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The field of biophysics grows as new methods are applied to increasingly complex 
biological problems. For example, the field of single molecule biophysics has made 
new contributions to many areas of biology, from molecular to cellular levels. 
These insights enhance our quantitative understanding of biology. Recent studies 
that combine in vitro bulk biochemical methods, single molecule experiments, and 
in vivo approaches to molecular interactions have advanced many areas of biology. 
Particularly relevant illustrative examples are provided by the field of DNA–protein 
interactions. This book focus on some of these examples, involving application of 
in vitro bulk solution methods to probe interactions at the molecular level, single 
molecule methods, and in  vivo measurements in the same systems. The book 
presents an overview of modern quantitative methods used for studying DNA–
protein interactions, and displays the various levels of complexity involved in 
studying these interactions in biological systems. These chapters should therefore 
be of interest to all workers in the field of DNA–protein interactions.

Section  1 covers DNA–protein interactions that involve only one or two  
proteins, illustrating approaches to deduce mechanistic insights into the biophysical 
principles at play in these “simple” interactions. One important question concerns 
the mechanism by which binding proteins search for and identify specific binding 
sites. This mechanism is important for many proteins that recognize specific 
sequences and bind to them to regulate cellular processes. The most commonly 
studied example is that of a transcription factor, which recognizes specific sequences 
that regulate transcription of a gene. It is now appreciated that many DNA-binding 
proteins reach their specific sites on DNA using mechanisms more complex than 
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e-mail: mark@neu.edu

L.J. Maher, III 
Department of Biochemistry and Molecular Biology,  
Mayo Clinic College of Medicine, Rochester, MN, USA 
e-mail: maher@mayo.edu

Chapter 1
Introduction to Biophysics of DNA–Protein 
Interactions: From Single Molecules  
to Biological Systems

Mark C. Williams and L. James Maher, III 



4 M.C. Williams and L.J. Maher, III

three-dimensional random diffusion from solution. Alternative mechanisms involve 
a reduction of the volume to be searched. This volume reduction likely comes from 
a sequence-nonspecific DNA-binding mode allowing diffusion in one dimension 
along the DNA. Thus, Wang and Austin in Chap. 2 describe experiments to measure 
how the model Lac repressor protein searches in one dimension to find a specific 
binding site. In their study, they directly image a fluorescent Lac repressor molecule 
as it searches a single DNA molecule, remaining close to the DNA for long periods 
of time. They also address the question of how the protein molecule slides along the 
DNA – Does the protein remain in DNA contact and truly slide, or does it exhibit 
small micro-hops in order to sample DNA-binding states? While this question has 
not yet been conclusively answered, it may be possible to test predictions of different 
hypothetical mechanisms using further developments in fluorescence imaging 
methodology or other single molecule methods.

The mechanism of DNA sliding is further addressed in Chap. 3 by Barsky et al., 
which discusses how it is physically possible to slide along DNA and what 
biophysical aspects of DNA–protein interactions may affect sliding rates. This 
chapter also provides a concise overview of different systems in which DNA sliding 
may be important. These systems extend well beyond the canonical transcription 
factor search problem. For example, the processivity clamp is a critical component 
of the DNA replication fork, and this protein encircles DNA and must slide at high 
rates within the replication complex.

Beyond DNA sliding mechanisms, Chap. 4 by Metzler et al. discusses the advan-
tages of sliding compared to searching the fluid volume. While it is clear that some 
enhancement of the DNA search rate is obtained by searching only the DNA itself, the 
one-dimensional search process proceeds slowly, as diffusion along DNA is slower 
than diffusion in solution. Measuring one-dimensional diffusion in single molecule 
experiments typically involves stretched DNA. However, it is clear that DNA in solu-
tion and in vivo is always compacted by naturally entropic elasticity and packaging 
proteins. How does DNA compaction affect the DNA search time? It has been shown 
that the theoretical optimum search time must involve both one-dimensional diffusion 
along DNA as well as some diffusion in solution. This chapter further describes single 
molecule experiments that directly demonstrate compaction effects by measuring 
protein search times while the DNA tension is varied in an optical tweezers instrument. 
When the DNA is under less  tension, proteins hop quickly from one part of the 
molecule to another, either through solution or by direct transfer from one DNA 
segment to another part. To measure diffusion, the authors determine the time required 
for restriction endonuclease cleavage of the target DNA molecule. The authors dem-
onstrate that the rate of restriction endonuclease digestion is increased on more com-
pact DNA molecules under little tension than when DNA is stretched. This suggests 
that the localization of a specific sequence by a restriction endonuclease occurs 
through a combination of sliding along DNA and other diffusion mechanisms.

Once a protein arrives at a specific DNA site, recognition of that site is a complex 
problem that is not yet well understood from a biophysical standpoint. In Chap. 5, 
Ghosh et al. describe exemplary X-ray crystallography experiments that probe in 
detail how members of the dimeric NF-kB transcription factor family recognize 
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related DNA-binding site sequences. These authors have compared structures in 
atomic detail for an extensive array of different complexes. This provides a nearly 
unique depth of understanding for the NF-kB family of proteins. Emphasized by this 
work is the fact that the binding site sequence, in itself, may be insufficient to guide 
homing to unique sites. Additional specification is likely provided by cooperative 
contacts with additional bound proteins. The authors touch on the interesting obser-
vation that transcription factors such as NF-kB can recognize folded RNA molecules 
with sequence and structure specificity.

It is increasingly understood that DNA site recognition may involve mutual 
structural reorganization by the protein and DNA partner. This reorganization can 
dramatically alter the dynamic structure and trajectory of DNA. Two chapters are 
devoted to these issues. In Chap. 6, Ansari and Kuznetsov describe extremely fast 
kinetic experiments measuring the dynamics of sequence-specific DNA-bending 
proteins during their interaction with DNA. At issue is the mechanistic question of 
whether site binding and DNA bending are concerted or separable events. Laser-
induced temperature jump relaxation kinetics with fluorescence resonance energy 
transfer detection has been applied to this fascinating problem.

While the mechanism by which sequence-specific binding proteins locate and 
recognize their DNA sites is well studied and of great interest, many proteins that 
bind DNA do not recognize specific double-stranded DNA (dsDNA) sequences. For 
example, a class of DNA-bending proteins known as high mobility group type B 
(HMGB) proteins bind dsDNA at any sequence and bend the DNA at that location. 
The biophysics of the bending process is of particular interest because protein binding 
changes the character of DNA, endowing DNA with a collection of rapidly intercon-
verting new shapes. In effect, the DNA appears to be more flexible in the presence of 
HMGB proteins. In Chap. 7, Maher reviews the biophysics of HMGB proteins, 
including in vivo data from bacterial experiments. This work indicates that so-called 
architectural DNA-binding proteins (e.g., the bacterial HU protein, or HMGB pro-
teins introduced experimentally into bacteria from higher cells) play important roles 
in regulating genetic switches that require strong DNA bending and looping.

Rather than recognizing a specific sequence of dsDNA, single-stranded DNA 
(ssDNA)-binding proteins (SSBs) recognize DNA in its denatured form. Because 
ssDNA is so different structurally from dsDNA, the ability of these proteins to distin-
guish ssDNA is not difficult to imagine. These proteins typically contain 
oligonucleotide/oligosaccharide binding folds (OB-folds) that facilitate simultaneous 
stacking of aromatic residues with ssDNA bases as well as cationic binding to the 
ssDNA backbone. However, the proteins must locate and bind ssDNA that occurs 
transiently during DNA replication or repair. For example, ssDNA is transiently 
exposed by helicases and other motor proteins at the replication fork. In the case of 
bacteriophage replication, the fork moves extremely rapidly, so bacteriophage SSBs 
must search DNA optimally in order to facilitate rapid DNA replication. In Chap. 8 
Williams and Rouzina describe the biophysical mechanisms that govern the interac-
tions of SSBs from bacteriophage T4 (T4 gene 32 protein) and T7 (T7 gene 2.5 
protein), as determined through single DNA molecule stretching experiments, com-
bined with the results of other biochemical measurements. They describe how these 
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SSBs search dsDNA primarily via one-dimensional diffusion along the dsDNA 
molecule. Because high concentrations of these proteins are present in the infected 
cell, many proteins simultaneously search dsDNA, resulting in a rapid process that 
requires little contribution from solution diffusion. Thus, SSBs bind initially to 
dsDNA, sliding to locate transient sites of ssDNA as DNA replication forks propagate 
along the molecule. These authors also discuss the mechanism by which both T4 gene 
32 protein and T7 gene 2.5 protein binding to DNA is regulated by salt-dependent 
conformational changes involving their C-termini, a common protein-binding regula-
tory mechanism. The authors go on to compare traditional replication SSBs from 
bacteriophages to retroviral nucleocapsid (NC) proteins, which also bind preferen-
tially to ssDNA. However, retroviral NC proteins differ significantly from SSBs in 
that their overall preferential binding to ssDNA relative to dsDNA is weak, and they 
therefore only weakly destabilize dsDNA. Termed “nucleic acid chaperones,” these 
proteins facilitate single-stranded nucleic acid folding and secondary structure rear-
rangement during the retroviral replication process. Single molecule studies are ideal 
for examining the mechanism by which these proteins facilitate nucleic acid melting 
and reannealing. The described experiments illustrate the capability of single mole-
cule force spectroscopy to measure DNA binding thermodynamics and kinetics, 
which quantitatively elucidate the biophysics of DNA–protein interactions.

Thus, the first 8 chapters describe biophysical mechanisms by which individual 
proteins interact with DNA in simplified experimental system. Increasingly relevant 
(but less tractable) systems attempt to mimic multi-component complexes as found 
in living cells. Studies of single proteins interacting with DNA reveal the mecha-
nisms of individual proteins, but it is desirable to understand these results in the 
context of more complex biological systems. The second half of the book describes 
examples of these complex protein–DNA interactions in the context of important 
biophysical processes.

Chapter 9 by Finzi et al. reports a detailed biophysical analysis of the molecular 
mechanism of the bacteriophage lambda epigenetic switch, which regulates the 
choice between the quiescent lysogenic state and the violently reproductive lytic 
state in the host cell. This switch mechanism is a model for other more complex 
regulatory processes. It involves the interaction of multiple protein clusters posi-
tioned at a distance along DNA. Using single molecule tethered particle methods, 
Finzi et al. characterize the functional interactions between a single DNA molecule 
and the lambda repressor protein (CI). The authors characterize the evidence for 
protein–protein interactions tethered by a long segment of looped viral DNA. 
Estimation of kinetic parameters permits characterization of some of the biophysi-
cal features of this complex system.

In Chap. 10, Liu and Morrical describe some of the complex DNA–protein 
interactions involved in bacteriophage T4 recombination processes. During late 
stages of bacteriophage infection, replication occurs rapidly through recombination, 
allowing replication of several phage genomes to occur in parallel. This 
recombination-dependent replication involves multiple protein–DNA and 
protein–protein interactions, including both DNA-binding proteins, such as T4 
UvsY and T4 gene 32 protein, as well as DNA motors such as the helicase UvsX. 



71  Introduction to Biophysics of DNA–Protein Interactions

These  proteins work together to convert SSB-coated homologous ssDNA strands 
into a presynaptic filament competent for the recombination events that are required 
for additional replication forks to be created. The chapter describes how character-
istics of the DNA–protein interactions, such as preferentially binding to wrapped 
or stretched ssDNA or dsDNA, facilitate transitions during the recombination-
dependent replication process.

While recombination-dependent replication in bacteriophage T4 involves the 
reorganization of several DNA–protein interactions, the Escherichia coli replication 
fork presents a dauntingly complex system of interactions between proteins and 
DNA. Bacterial DNA replication is much more complex and regulated than bacte-
riophage replication, and the required proteins are in constant exchange as replica-
tion proceeds. In Chap. 11, Ollivierre et al. describe interactions between several of 
the E. coli replication proteins that form the holoenzyme, the core protein complex 
that replicates the bacterial genome. This chapter describes examples of the molec-
ular details of protein–protein and protein–DNA interactions involved in replica-
tion. The focus is placed on the replication of damaged DNA. Here regulated DNA 
polymerase switching is observed. In this process, specialized DNA polymerases 
are substituted for the replicative polymerase in order to copy across the damaged 
DNA template and allow replication to continue past a lesion. The authors briefly 
describe much more complex DNA replication processes in eukaryotic cells. The 
results illustrate how a wide array of biochemical and biophysical methods, as well 
as complementary in vivo measurements, are needed to shed light on the extremely 
complex biological mechanisms required for DNA replication in living systems.

The concept of DNA damage recognition and repair in eukaryotes is again 
emphasized by Adams et al. in Chap. 12. The authors discuss their pioneering work 
on the entirely sequence-nonspecific repair protein O6-alkylguanine-DNA-
alkyltransferase (AGT). This protein reverses DNA damage through an irreversible 
transfer of the DNA alkyl lesion to a protein side chain. Using clever biophysical 
methods including protein–protein cross-linking and analysis of changes in DNA 
topology, the authors build a compelling model for a highly cooperative protein–
DNA filament. As with all good models, the work raises many new questions about 
the mechanism by which this sequence-nonspecific protein functions.

In eukaryotic cells, processes such as replication and transcription, replete with 
protein–protein and protein–DNA interactions as discussed above, must also occur 
in the context of highly packaged genomic DNA. Eukaryotic DNA is packaged into 
chromatin, a highly organized structure with multiple levels of compaction. The 
exact structure of biological chromatin is not known in detail, but many aspects are 
beginning to be understood. It is known, for example, that the first level of DNA 
compaction involves histone octamers around which DNA is tightly wrapped. The 
forces required to disrupt nucleosome structures have been quantified, and mono-
meric nucleosome core particles are thermodynamically stable in  vitro. Higher 
order chromatin structure is not very well understood, and in  vivo chromatin 
dynamics remain mysterious. In Chap. 13, Leuba and Steinman introduce single 
molecule experiments on artificial chromatin structures, which may shed light on 
their dynamics.
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Finally, Zhou et al. describe in Chap. 14 the application of low-resolution but 
extremely powerful genome-wide methods to explore the overall organization 
of  eukaryotic DNA within the nuclei of cells. Practitioners of the Chromatin 
Conformation Capture (3C) method, these authors summarize how this approach, 
and its new relatives, can be applied to determine which sequences are held close 
together in three-dimensions within the nuclear compartment. These methods 
provide semi-quantitative measurements, ultimately promising a series of distance 
constraints that might do for cell biology what the Nuclear Overhauser Effect has 
done for nuclear magnetic resonance spectroscopy. The present chapter surveys the 
concept of long-range DNA regulatory loops, reviews classic examples, identifies 
key implicated proteins, and offers a look at where the future may lead in solving 
this ultimate problem in protein–DNA biophysics.
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2.1 � Introduction

Transcription factors, restriction enzymes, and RNA polymerases are proteins that 
function by binding to their specific target sites on DNA [1, 2]. The DNA targets for 
these proteins are typically a few tens of base pairs long, while the chromosomes 
contain over a million base pairs of DNA (E. coli, for example, has 4.6 million base 
pairs); therefore, before reaching their targets, it is inevitable that DNA-binding 
proteins encounter nonspecific DNA first. In this process, protein–nonspecific-DNA 
binding does occur (although with weaker affinity than DNA target binding [3]) and 
this interaction affects the specific-DNA targeting rate of the protein. In order to regu-
late the targeting rate of DNA-binding proteins, which is an important step for gene 
expression regulations, the mechanisms of protein interaction with nonspecific DNA 
must be elucidated.

The notion that nonspecific DNA influences the targeting rate of DNA-binding 
proteins gained renewed credence when faster-than-diffusion target binding of LacI 
(Lactose repressor protein) was observed in 1970. LacI binds to its lactose operator 
target (lacO) 100 times faster than allowed by the 3D diffusion limit [4]. This 
faster-than-diffusion binding was explained by the facilitated-diffusion model, in 
which a DNA-binding protein interacts with nonspecific DNA before reaching its 
target [5–18].

A facilitated-diffusion process is composed of three main types of protein’s 
motion around DNA: sliding, where the protein translocates (or slides) along non-
specific DNA base pairs without loosing contact (Fig. 2.1, green arrows); hopping, 
where the protein dissociates from DNA briefly, performing free 3D diffusion, and 
lands back on DNA at a location that is shorter than the DNA’s persistence length 
away from the dissociation site (Fig. 2.1, black arrows); and jumping, where the 
protein’s DNA landing location is not correlated to the dissociation site [15]. 

Chapter 2
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Figure 2.1 shows that for the typical elongated DNA geometry used in single-
molecule fluorescence imaging experiments, a protein performs a series of alternat-
ing sliding and hoping motions along DNA. In a cell, the targeting process can be 
further complicated by road blocks of other bound proteins on DNA and different 
configurations of the chromosomal DNA due to confinement [19–21]. In this 
chapter, we focus on sliding and hopping diffusions of proteins on DNA since most 
single-molecule fluorescence imaging experiments use low concentrations of 
elongated DNA molecules for which jumping and in vivo effects are absent.

In order to calculate the effects of facilitated diffusion on the targeting rate of 
proteins, all three components of the facilitated-diffusion process as well as the 
switching kinetics among the different components should be quantified. Hopping 
and jumping motions are 3D Brownian motions of proteins in water, and the 
dynamics of 3D Brownian motions are relatively well understood, in contrast to 
sliding. For the sliding motion, two major issues await investigation due to limita-
tions of current single-particle-tracking techniques: (1) The translocation (or slid-
ing) mechanism of a protein on DNA sequences is not fully understood. There are 
two main translocation models: one is the DNA-sequence-independent model, 
where proteins are insensitive to DNA sequences and perform Brownian diffusion 
on DNA; the other is the DNA-sequence-dependent model, where the sliding diffu-
sion characteristics are time dependent – anomalous subdiffusion in short millisec-
ond timescales and Brownian diffusion in long second timescales [22]. (2) The 
mean sliding time and hopping time, or the protein-nonspecific-DNA dissociation 
rate constant (or nonspecific-DNA dissociation time, or sliding time) t

d
 and 3D 

hopping time t
hop

, respectively, are not precisely known. Uncertainties in these 
parameters will decrease the accuracy of protein targeting rate calculations.

This chapter emphasizes studies of the sliding component of facilitated diffusion 
(and along with it the sliding–hopping alternation kinetics) using single-molecule 
fluorescence imaging methods. LacI is used as a model protein, and DNA molecules 
are elongated along fused-silica surfaces. The elongated DNA configuration offers 
a simple platform for revealing the dynamics of protein translocation on DNA base 

Fig. 2.1  Sliding and hopping diffusions of a protein (green) on an elongated DNA molecule 
(orange). Typical experimentally observed seconds-long protein trajectories on DNA should have 
many sliding and hopping alternations convolved. The mean 1D sliding time (or nonspecific DNA 
dissociation time) and 3D hopping time are t

d
 and t

hop
, respectively
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pairs during sliding, which is essential for understanding facilitated diffusion for 
any DNA configurations in cells. Why use the single molecule method? Conventional 
bulk measurements have been very powerful in validating and characterizing facili-
tated diffusion [4, 8, 10, 13, 16, 18, 23–25]; however, in order to characterize the 
sliding mechanisms of proteins on DNA, the motion of proteins on DNA has to be 
tracked. Thus, single-molecule imaging is an ideal candidate for these studies.

This chapter is divided into three parts: First, we present our initial study of LacI 
diffusion on nonspecific DNA in the timescale of seconds performed in 2006. Prior 
to this study, two articles had reported on the direct imaging of proteins diffusion 
on DNA. One was by Nobuo Shimamoto [12] and the other was by Yoshie Harada 
et  al. [26]. In the first article, it is not clear whether the proteins interact with a 
single DNA molecule, or an array of DNA molecules; and in the second article the 
diffusion characteristics are not analyzed. Our study addresses both issues. Next, 
we discuss the limitations of current instrumentation and the single-molecule point 
spread function (PSF) centroid tracking method for technically demanding studies 
of molecule sliding, which require millisecond temporal resolution and nanometer 
spatial resolution. We introduce our new single-molecule image deconvolution 
(SMID) method, which meets these technical demands and we present the results 
of our preliminary application of SMID to LacI sliding studies. Using the SMID 
method, sliding and sliding–hopping alternation characteristics can be extracted 
from single protein-diffusing-on-DNA images in millisecond and sub-millisecond 
exposure times; and thus the SMID method increases the temporal resolution of 
single-particle tracking by at least 100-fold from » 300 ms to milliseconds and 
sub-milliseconds (Sect. 2.4.1). Lastly, we outline additional studies necessary for 
single-molecule investigations of protein sliding on DNA using SMID.

2.2 � Early LacI Diffusion Experiments  
in the Timescale of Seconds

2.2.1 � Facilitated Target Association Rate  
Calculation Assuming Brownian Sliding

In this section, we discuss our single-molecule imaging studies of one-dimensional 
diffusion of LacI repressor proteins along elongated DNA in the timescale of sec-
onds. Our analysis of the LacI transcription factors’ diffusion yielded four main 
results: (1) LacI diffuses along nonspecific DNA in the form of 1D Brownian 
motion, (2) the observed 1D diffusion coefficients D

1
 vary over an unexpectedly 

large range, from 2. 3 ×10− 12cm2/s to 1. 3 ×10− 9 cm2/s, (3) the lengths of DNA 
covered by these 1D diffusions vary from 120 nm to 2920 nm, and (4) assuming 
that the LacI sliding is Brownian for all timescales, the mean values of D

1
 and the 

diffusional lengths indeed predict a LacI target binding rate 90 times faster than the 
3D diffusion limit.
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The expected association rate k
a(3D)

 by which DNA-binding proteins find their 
specific target sequences on double-stranded DNA in a random 3D search is 
4pD

3
l
seq

 per unit protein concentration, where l
seq

 is the effective DNA target length, 
and 7

3 / 3 9 10BD k T aπη −= = × cm2/s is the 3D diffusion coefficient of the protein 
in solution [4, 15, 27], where k

B
 is the Boltzmann constant, T is the temperature, h 

is the viscosity of the solvent, and a » 5 nm is the typical diameter of the protein. 
With l

seq
 » 3 bp (or 1 nm), the protein–DNA association rate k

a(3D)
 should be 

108/M/s. The original in vitro study on LacI-lacO binding by Riggs et al. was with 
45.5 kbp DNA of 15.5 mm in length, and the lacO association rate k

a(Exp)
 was 

measured to be 1010/M/s, 100 times higher than the diffusion limit of k
a(3D)

 » 
108/M/s [4] (the 1010/M/s binding rate was also reported in [13, 15, 28]).

It has been proposed that such high rates can be achieved if the protein under-
goes a facilitated-diffusion process in which the protein performs a combination of 
1D diffusion along the DNA and 3D diffusion in solution. In this model, the key to 
faster targeting lies with the nonspecific DNA sequences that flank the target site. 
By 3D diffusion, a protein most likely will run into a segment of nonspecific DNA 
first. After nonspecific binding, the protein will diffuse along the DNA for a certain 
time and eventually dissociate. By doing so, the effective concentration of protein 
near the DNA increases, and thus the targeting rate should change. This facilitated-
diffusion modified protein-target association rate k

a
 per protein concentration has 

been derived by Halford and Marko [15]: 

	

−−
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where D
1
 is the 1D diffusion coefficient of the nonspecifically bound protein 

along the DNA, L is the total length of the DNA molecule, l
d
 is the maximum 

DNA contour distance x
max

 − x
min

 covered by the protein before dissociation, c is 

the concentration of the target, and
 −
 

+  

1

3

1

seq

seq d
d

l D
l Ll c

l D

 
is the acceleration factor 

to k
a, 3D

 = D
3
l
seq

. In order to evaluate the facilitated diffusion model directly, it is 
necessary to know D

1
 and l

d
, which can only be obtained by imaging protein-

DNA binding dynamics using single-molecule measurements. In fact, if these 
values do not fall within a certain range, “facilitated” diffusion can actually slow 
the search times.

Note that in this facilitated-targeting rate calculation (and other numerous calcu-
lations), sliding was assumed to be the DNA sequence-insensitive Brownian diffu-
sion for all timescales [15, 21, 29, 30]. In the Brownian sliding model, the 1D mean 
square displacement of proteins on DNA is 2

1x 2 ,D t〈∆ 〉 =  where D
1
 is the 1D slid-

ing diffusion coefficient and t is the observation time. Should protein translocation 
follow a different model from Brownian motion (i.e., if D

1
 is time dependent as 

D
1
(t), or if the time dependence 2x〈∆ 〉 of differ from the power of one), the protein 

search speed through DNA sequences will change. As a consequence, the effect of 
facilitated diffusion on the protein’s target association rate will vary.
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2.2.2 � Experiments

We used a LacI fusion-protein consisting of a green fluorescent protein (GFP)–GFP13 
(S65T):lacI-I12 fusion (GFP-LacI), and stained the DNA with the dimeric cyanine 
dye BOBO-3. DNA constructs of Lambda Zap vector with 256 tandem copies of 
lacO (lacO

256
) were used. LacO

256
-DNA was 42.06 kbp long with a contour 

length of 14.3 mm, and the 9.22 kbp lacO
256

 insertion started at 24.02 kbp. The 
nonspecific sequences of the DNA construct are identical to that of l DNA. The 
synthesis methods for the fusion protein and the lacO

256
-DNA, and the sample 

preparation method are described in [31]. There were lacO
256

-DNA dimers as well 
as monomers in the solution; the dimers were formed by the sticky-end-hybridization 
of two lacO

256
-DNA monomers (Fig. 2.2a). After the LacI-DNA and BOBO-3 

incubation, the GFP-LacI concentration was 50 nM and the lacO
256

-DNA concen-
tration was 11 pM (0. 3mg/ml). The DNA intercalating cyanine dyes are known to 
stretch DNA by 30% in length at 1 dye/5 bp [32], so at our concentration of 1 
dye/10 bp, the DNA molecules were stretched by 15% to 16 mm. Since BOBO-3 
produced no obvious effect on the DNA-configuration-dependent LacI-DNA 

Fig. 2.2  (a) Schematics of a GFP-LacI (green) bound lacO
256

-DNA monomer and dimer (red). 
(b) Elongation of the DNA. (c) Frame-averaged superposed image of GFP-LacI bound to an 
elongated lacO

256
-DNA dimer. The scale bar is 1 mm. (d) A GFP-LacI monomer of frequent blink-

ing and unitary bleaching. (e) A GFP-LacI monomer that blinked, recovered the first bleaching 
in 3 s, and finally irreversibly bleached. (f) The GFP-LacI dots for the first 12 frames of (e), 
showing blinking at frames 2 and 7, and bleaching at frame 10. (g) A GFP-LacI dimer with two 
bleaching events
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specific binding [31], we expect that its effect on the LacI DNA-specific binding 
(which is less DNA-configuration dependent) will be negligible [33]. A catalytic 
oxygen scavenging solution was used to maximize dye lifetimes [31]. 1 ml of the 
DNA+LacI solution and 4 ml of the oxygen scavenging solution were deposited 
onto a fused-silica chip.

A glass cover slip was used to flatten the solvent, and the edges of the cover slip 
were then sealed with nail polish. As the cover slip flattened the droplet, hydrody-
namic flow elongated the DNA dimers, and the two LacI-lacO

256
 sites stuck to the 

surface, creating an anchored elongated DNA molecule (Figs. 2.2b, c, and 2.3c) 
stretched up to 90% of its native contour length. The tension on DNA was a few 
pico-Newtons [34]. DNA was not observed to stick to fused-silica surfaces at our 
pH of 8.0 and BSA concentrations, and the elongated DNA molecules were effec-
tively suspended from the surface, as evidenced by the DNA’s transverse motion of 
± 50 nm (data not shown). Thus, unbound GFP-LacI molecules interacted only 
with free unattached and nonspecific DNA. Note that the sticking of GFP-LacI to 
fused-silica surfaces occurred only at the deposition step as the air–water interface 
moved over the chip surface. After the cover slip was sealed, the free GFP-LacI 
molecules (»2 nM) diffused in the solution freely and did not stick to the surface, 
as evidenced by observation of the freely diffusing GFP-LacI near the surface (data 
not shown).

The single-molecule experiments were performed using a prism-type Total 
Internal Reflection Fluorescence Microscopy (TIRFM) method (Fig. 2.3a and b). 
The laser excitation was synchronized to the 3.4 Hz data acquisition rate of the 
I-CCD camera. The emitted photons from BOBO-3 and GFP were collected 
using a 100X TIRF oil-immersion objective (N.A. = 1.45), went through a 
custom-designed dichroic mirror and emission filter set (Chroma Technology 

Fig. 2.3  Schematics of our experimental setup. (a) Light goes from air into a prism. At the prism–water 
interface, TIRF occurs at an inclination above the critical angle. (b) The decay of the evanescent 
light intensity I(z) in z direction. The penetration depth d is » 250 nm. (c) Schematic of our 
protein–DNA interaction system. A single DNA molecule (orange) is elongated along the fused-
silica surface (grey) for TIRF imaging (blue light), and the 3D diffusing LacI molecules (green) 
run into the DNA molecule and bind to it. (d) Schematics of our imaging system. DNA and proteins 
are excited by yellow and blue laser light, respectively, and the emission photons go through an 
100X objective and are collected by a single-photon sensitive CCD camera
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Corp, Rockingham, VT), and were recorded by an I-CCD camera (I-PentaMAX:HQ 
Gen III, Princeton Instruments, Trenton, NJ; Fig. 2.3d). The PSF width of the 
diffraction-limited optical system was measured to be 280 nm, and the imaging 
pixel size was 117 nm. The pixel count of the camera was converted to a photon 
count using known conversion factors [31]. The mean 488 nm illumination 
intensity over the illumination areas of 30 mm × 50 mm was 1000 W/cm2. The 
centroid location of a GFP-LacI dot was determined by fitting its 1D fluorescence 
intensity profile to a Gaussian. The number of detected photons per PSF per 
frame (between 50 and 300 photons) limited the position measurement accuracy 
to be between 10 and 50 nm [35].

Knowledge of the fluorescence characteristics of single free GFP-LacI mono-
mers and dimers attached to fused-silica surfaces is essential in determining the 
single-molecule nature of a bound protein. GFP-LacI monomers blink frequently 
(short fluorescence dips to near instrumental noise level), and bleach with no recov-
ery (Fig. 2.2d). At our excitation intensity of 1000 W/cm2, mean exposure time of 
10 ms, and synchronized imaging frequency of 3.4 Hz, the mean net observation 
time of each GFP-LacI molecule was 5 s before it bleached (giving a total laser 
exposure time of 0.15 s). The mean number of photons emitted by the bound GFP-
LacI molecules before bleaching was » 4 ×104 photons. This 5 s observation time 
gave the instrumental limit to the maximum mean distance we observed GFP-LacI 
motion on DNA in this experiment.

2.2.3 � Results and Analysis

An image sequence of a single GFP-LacI molecule diffusing along DNA is shown 
in Fig. 2.4b. This is 1 out of 70 walks that were observed and chosen for its large 
net displacement. Figure 2.4a shows the frame-averaged superposed image of the 
anchored DNA and the diffusing GFP-LacI on DNA. Time-lapse images of the dif-
fusing protein show clear relative displacements (Fig. 2.4b), with one immobile 
anchoring site used as a reference point. We know that we were observing a single 
GFP-LacI dimer from the fluorescence time trace in Fig. 2.4d, which clearly shows 
two bleaching steps. Both GFP-LacI monomers (80%) and dimers (20%) have been 
observed to diffuse on DNA. As is evident in Fig. 2.4d, fluorescence time traces of 
bound GFP-LacI molecules were identical to that of single immobile GFP-LacI 
(Fig. 2.2d-g), with the same blinking rate and characteristic bleaching time of 
» 0. 15 s (5 s net observation time). The DNA locations of the diffusing protein at 
different frames are correlated and localized, thus at D

3
 = 108 nm2/s and our protein 

concentration of a few proteins/mm3, the chance for two different proteins landing 
consecutively on the same location of DNA is 1 in 1000. Figure 2.4d plots the 
distribution of all relative displacements 1D〈 〉 = of the walk. This is a Gaussian of 
SD = 130 nm centered near zero, which is typical for Brownian motion with limited 
data points.

Now, we discuss our analysis showing that individual protein diffusion trajecto-
ries, which consist of multiple measurements x

i
 until the protein disassociates, are 
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Brownian in nature, and we obtain 1D diffusion constant D
1
 for these trajectories. 

Qian et al. have derived an expression to tell (1) whether a single diffusion trajec-
tory is Brownian and if so (2) obtain the diffusion constant of the trajectory [36]. 
This method calculates the mean square displacement MSD

(n, N)
 for all available 

time intervals of a single diffusion trajectory 

	
2

21
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where, N is the total number of positions measured, n is the measurements index 
going from 1 to N, Dt is the time interval between two consecutive position mea-
surements, and s

s
 is the measurement accuracy associated with each x

i
. We can 

obtain D
1
 of a single diffusion trajectory from its MSD

(n, N)
 to high precision by 

weighted linear-fitting MSD
(n, N)

 to n, taking MSD
(n, N)

’s variances at different n into 
consideration. As n increases, the number of available measurement points for 
MSD

(n, N)
 averaging decreases, and the variance in MSD

(n, N)
 increases as 

	 2 2 2
, 1(2 ) (2 1) / [3 ( 1)].n N D n t n n N nσ = ∆ + − + 	 (2.3)

If a single trajectory is Brownian, then its MSD
(n, N)

 at n below a cutoff n
c
 will be a 

linear function of t, with n
c
 determined by a set fractional MSD

(n, N)
 uncertainty in 

Eq. 2.3. We chose n
c
 to be where s

n, N
 /(2D

1
nDt) is 50%. We plot MSD

(n, N)
 versus n 

Fig. 2.4  (a) Frame-averaged, superposed image of a GFP-LacI molecule diffusing along DNA. 
The two large dots at the DNA ends are LacI-lacO

256
 sites, and the green segment on the nonspecific 

DNA (arrow) is the trace of the diffusing GFP-LacI. (b) Image series of the diffusing protein 
(arrow) of selected clear relative displacements corresponding to green dots in (c), the displacement 
versus t curve of the diffusing protein. (d) Fluorescence time trace of the diffusing GFP-LacI. 
It is a dimer. (e) Gaussian distribution of 1i ix x −− . The scale bar is 0.5 mm
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for trajectories with N > 10, where there are at least three MSD
(n, N)

 values whose 
fractional variances are <50% Eq. 2.3. We also used only trajectories with less than 
five contiguous GFP blinks. Since s

s
 < 50 nm, MSD

(n, N)
, which is the square of 

the difference of two position measurements, has an offset of 2500 nm2 < 2s
s
2 < 5000 

nm2. These photon noise offsets were subtracted in the MSD
(n, N)

 versus n curves.
Figure 2.5a plots displacement x versus time for 70 trajectories. The 15 

trajectories in color are the walks for which we have obtained D
1
, and the center 

black line is a stationary GFP-LacI stuck to the fused-silica surface (not DNA). 
Figure 2.5c plots MSD

(n, N)
 versus n for these 15 trajectories in linear scale and 

Fig. 2.5d in log–log scale at low n values, respectively. The log–log plots are all 
straight lines with the slope of 1 at low n, clearly indicating that the 1D trajecto-
ries are Brownian motions. The dashed line in Fig. 2.5d is a fit of 2 with weighted 
error 3 to all n points below n

c
 of the topmost trajectory. The intercepts at n = 1 

are 2D
1
Dt for each particular walk, as can be seen by inspection of 2 (Fig. 2.5d). 

Thus, while all the walks are Brownian in nature, the different intercepts at n = 1 
indicate that there is a large distribution in diffusion coefficients and there is not 
a unique, single value for D

1
. We also plotted the distributions of nondegenerate 

relative displacements i i nx x −−  for the first 15 positions of all 70 trajectories for 
n = 1, 2, and 3 in Fig. 2.5b; the displacements are all Gaussians centered at zero 
with SD increasing with n. This result further demonstrates that LacI’s diffusion 
trajectories are truly Brownian in nature, regardless of the variations in individual 
diffusion coefficients. Two other papers on single-molecule imaging studies of 

Fig. 2.5   (a) x versus t for 70 trajectories. (b) Nondegenerate i i nx x −− distributions. 
(c) MSD

(n, N)
 versus n for the 15 colored walks in linear scale and (d) in log–log scale. The 

arrows in (a), (c), and (d) denote the walk in Fig. 4. The dashed lines in (c) and (d) are the fit 
of 2 to the top trajectory
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protein diffusion on DNA were published in the same year (2006) [37, 38], with 
[38] reporting a similar large distribution in 1D diffusion coefficients for Rad51 
on aligned DNA molecules, so our result here may be of some generality.

Figure 2.6a shows the distribution of the 15 D
1
 values (corrected to DNA contour 

length), which span a large range from 2. 3 ×102 nm2/s to 1. 3 ×105nm2/s. Figure 2.6b 
shows that the different D

1
 values are distributed randomly along the DNA, showing 

a lack of correlation between the D
1
 and the regions on the l DNA on which the 

protein has diffused. Figure 2.6c shows the distribution of the l
d
 in DNA contour 

length. Because l DNA has large sequence variance in the nonspecific region with 
± 30% difference in local AT and CG concentrations, it is possible that the diffusion 
constants are a function of local sequence. It is also possible that the large distribu-
tion in D

1
 is caused by conformational distributions in the protein [39]. Further 

experiments are needed to answer these questions.
Finally, we use our data to examine the question of the extent to which facilitated 

diffusion can enhance the LacI target binding rate. Just as there is a distribution in 
the 1D diffusion coefficient D

1
, there is also a distribution in the diffusion lengths l

d
, 

whose value is further compromised by the mean observation time to bleaching of 
the GFP of 5 s. Since the final target binding is the result of many diffusion events 

Fig. 2.6  (a) D
1
 distribution of the 15 trajectories. (b) D

1
 versus fractional bound location on the 

nonspecific segment of the LacO
256

-DNA dimer. The error bars were obtained from the fit of 
MSD

(n, N)
 to n with weighted errors at each n given by 3. (c) Histogram of max min dx x l− =  for 

the 70 trajectories. The solid line is a Gaussian fit with a mean of 500 ± 220 nm (mean ± SD). 
Values in (a) and (c) have been adjusted to DNA contour length
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on nonspecific DNA, we use the mean < l
d
 > (probably a lower bound due to bleaching) 

of 500 nm, and the mean diffusion coefficient of 10
1D 2.1 10−< >= ×  cm2/s in 1. Also 

using Riggs’ concentration of 1 lacO/1670 mm3, D
3
» 4 ×10− 7cm2/s for LacI tetramers 

(a » 10 nm), and L = 15. 5 mm, the accelerating factor in 1 is 93 ± 20, which thus 
resolves the 100-fold discrepancy between the theory and the experimental data. We 
conclude from these measurements that facilitated diffusion increases the LacI-lacO 
binding rate well over the apparent diffusion limit. This result demonstrates that 
facilitated diffusion in the form of 1D Brownian motion is the mechanism respon-
sible for the faster-than-diffusion binding of LacI to lacO, and quite possibly, the 
reason also for the observed faster-than-diffusion binding in other protein–DNA 
interactions.

2.2.4 � Concern for the Interpretation  
of the “Sliding Length” < l

d
 > and D

1

There are two concerns for the above interpretation of experimental results: (1) The 
observed mean “sliding length” < l

d
 >, which is the maximum DNA contour dis-

tance x
max

 − x
min

 covered by the protein before dissociation, quite likely is not the 
pure sliding length defined in Eq. 2.1; rather it is the combined distance of many 
sliding and hopping cycles before the permanent dissociation of proteins from 
DNA. This statement stems from the estimation that LacI’s nonspecific DNA dis-
sociation rate constant is on the order of milliseconds ( » 0.6 ms to 5 ms, or milli-
seconds to seconds) [3, 19, 21, 30]. (2) For the same reason, D

1
 is the “effective” 

1D diffusion coefficient of the combined sliding and hopping trajectory in the tim-
escale of seconds, rather than the pure sliding diffusion coefficient.

With the three questionable parameters in Eq. 2.1 – (1) Brownian sliding (Sect. 
2.2.1), (2) the sliding length (Sect. 2.2.3), and (3) the 1D diffusion coefficient D

1
 

(Sect. 2.2.3) – the LacI target association rate calculation due to facilitated diffu-
sion should be reevaluated. In order to correctly calculate facilitated target associa-
tion rate using Eq. 2.1, the true sliding displacement versus time relation, sliding 
length, and sliding dissociation rate constant should be obtained.

2.3 � New Challenge: Millisecond Timescale  
Single-Molecular Tracking

To reiterate key limitations of the above LacI diffusion experiments in the times-
cale of seconds for sliding mechanism studies of LacI on DNA: (1) We know that 
the LacI proteins stay around DNA for the observation time of seconds; what we 
do not know is whether the proteins slide for the whole time or many hopping 
cycles are convolved. (2) If the protein diffusion pathway on DNA is a combina-
tion of sliding and hopping, the sliding–hopping-alternation kinetics is not known 
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(i.e., the mean sliding time t
d
 and hopping time t

hop
 are not known). (3) In the sliding 

motion, how the protein displacement changes with time is not known. These three 
factors must be addressed for correct calculation of the target association rate of 
proteins.

Faster single-molecule tracking than the current centroid tracking method in 
seconds timescales appears to be the answer to the above three questions. Then, 
how much faster is fast enough? For (1) and (2), millisecond tracking resolution 
may be sufficient according to Sect. 2.2.4. For (3), the sliding motion characteris-
tics studies, is milliseconds tracking also sufficient? Below, we list predicted 
displacement versus time characteristics of different sliding models in 10− 7 s to 1 s 
timescales.

Other than the DNA-sequence-independent Brownian sliding model, the alterna-
tive sliding models are the DNA-sequence-dependent sliding models. There are 
four simple DNA-sequence-dependent models describing four different protein 
translocation energy landscapes along a stretch of DNA sequences (Fig. 2.7a I–IV): 
(1) The energy at each binding site n is independent of others. The translocation 
energy barrier from site n to site n¢ = n ± 1 is the difference between the protein 
binding energies of the two sites, if positive and zero, if negative [22, 40]. (2) In 
order to move from site n to site n¢, the protein needs to completely dissociate from 
the DNA first over a threshold level EM = Max[E(n)]. The translocation energy 
barrier is EM - E(n) [22]. (3) The threshold energy Et is lower than EM, and the 
translocation energy barrier is the maximum of the energy differences and zero – 
Max[Et - E[n], E[n¢] - E[n],0] [22, 41, 42]. (4) Two-state model in which Et sepa-
rates the reading regime (E[n] < Et), where the translocation is the same as in model 
III from a sliding regime (E[n] > Et), where the sliding motion is on a flat energy 
landscape [22, 43, 44].

In contrast to the DNA-sequence-independent sliding model, where the translo-
cation mechanism yields Brownian diffusion for all timescales as 2

12n D t〈 〉 =  the 
four DNA-sequence-dependent protein translocation mechanisms predict distinct 
diffusion patterns at different timescales. Figure 2.7b shows the mean square dis-
placement versus time ( 2n〈 〉  versus t) log–log plots of the four sequence-dependent 
diffusion models from  75 10t −= ×  s to 1 s. All diffusions are Brownian with the 

2n〈 〉  versus t slope of one in the log–log plot at » t > 30 ms (left vertical dashed 
line). At t < 30 ms, all models exhibit subdiffusion behavior, in which 2n〈 〉  is pro-
portional to A(t)tb(t), with b < 1 (b[t] being the slope of the lines at time t and 
log(A[t]) being the vertical offset of the line, according to the expression  

2 [ ] [ ]log n logA t b t logt〈 〉 = + ).
It is clear that diffusion studies of sliding below 30 ms are necessary to differen-

tiate Brownian sliding from subdiffusive sliding, provided that sliding lasts longer 
than 30 ms. This 30-ms tracking resolution cannot be afforded by the current cen-
troid method, which is limited to temporal resolution of 300 ms (see Sect. 2.4.1), 
let alone 1 ms sliding time. While the diffusion of proteins on DNA in the times-
cales of seconds has been reported in many recent single-molecule protein–DNA 
interaction studies [20, 37, 38, 45–48, 48–56], no millisecond timescales stud-
ies have been reported. Alternative higher temporal resolution single-molecule 
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Fig. 2.7  Protein translocation models and the corresponding diffusions, adapted from [22]. In the 
calculations of total bound energy between a protein and DNA bases, the hydrogen bond energy 
between each base pair and the protein used is e. (a) Schematics of the four energy landscapes for 
translocation of RNA-polymerase along 30 base pairs T7 DNA. Em is the minimum protein inter-
action energy and EM is the maximum interaction energy of all base pairs. The threshold level Et 
(dotted line) is set to EM for model II and to an intermediate value for models III and IV. For 
model IV, all energy levels above Et are redefined to a common sliding energy Esl (dashed line). 
(b) Mean square site displacement 2n〈 〉  versus t for the four different models, with e = k

B
T and 

Et = 0. Model I, circles; model II, triangles; model III, diamonds; model IV, squares. The slanted 
straight lines with slope of one, indicating the slope of Brownian motions, are fits to the models 
from 0.6 to 1 s. The solid vertical line marks 0.1 ms, the lowest timescale for our studies using 
single-molecule image deconvolution. The left vertical dashed line at 30 ms, where the subdiffu-
sive curves begin to deviate from the Brownian diffusion line, marks the fastest camera frame rate 
for centroid measurements in the high camera-reading-noise regime (without pixel binning and 
partial screen imaging). The right vertical dashed line at 300 ms marks the fastest camera frame 
rate in the low camera-reading-noise regime
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millisecond timescale studies are necessary. Below, we describe our new single-molecule 
image deconvolution method to study the subexposure dynamics of single mobile 
fluorescent molecules with millisecond temporal resolution and nanometer spatial 
resolution. In Sect. 2.4, we use this method to analyze images of diffusing LacI on 
DNA with exposure times approaching the predicted nonspecific DNA dissociation 
time t

d
 » 1 ms.

2.4 � Pushing the Envelop: Single-Molecule Imaging  
with Higher Temporal and Spatial Resolution

In this section, we introduce single-molecule image deconvolution (SMID) as a 
new method with increased temporal and spatial resolution for single-molecule 
tracking measurements.

2.4.1 � Rationale for Developing the Single-Molecule  
Image Deconvolution Method

Ideally, to discern subdiffusive sliding models from the standard Brownian 
sliding model, centroid versus time measurements should be used to obtain 2n〈 〉  
versus t relation at all timescales down to below t

d
 » 1 ms. However, current 

single-molecule imaging EMCCD cameras (Photomax, Andor, etc.) do not offer 
faster than 10 MHz pixel reading speed, which in the high background noise 
regime corresponds to a 30-Hz frame reading rate (or 100 Hz with pixel binning 
and partial screen imaging, although binning is not recommended due to loss of 
PSF information) and in the low background noise regime to 3 Hz (or 10 Hz). 
These maximum frame rates correspond to temporal resolutions of centroid mea-
surements between » 30 and 300 ms. Does this mean that one can study 30 ms 
diffusion characteristics with centroid measurements? The answer is no. Tracking 
more than 10 centroids of the molecule at different times is necessary for study-
ing single-particle diffusion characteristics [36, 45], and this requirement lifts the 
centroid measurement temporal resolution to 0.3 s in the high camera-reading-noise 
regime (right vertical dashed line in Fig. 2.7b) and to seconds in the low camera-
reading-noise regime.

Thus, in order to discriminate different displacement versus time characteristics 
at millisecond timescales, centroid measurements with the best temporal resolution 
of 100 ms (high background noise regime and loss of spatial resolution due to pixel 
binning; not suggested for single-molecule tracking studies) are not sufficient. The 
single-molecule image deconvolution method introduced below will have millisec-
ond temporal resolution and nanometer spatial resolution for single-molecule 
tracking.
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2.4.2 � Single-Molecule Image Deconvolution (SMID)

A Gaussian fit to the PSF of a single fluorophore contains two fitting parameters: 
centroid and standard deviation (SD, denoted by s in this chapter). The centroid is 
considered the center of the PSF, while the SD is the width of the PSF (Fig. 2.8d). 
In contrast to centroid measurements, which have been extensively used for 1D 
and 2D localization studies, PSF SD measurements have played little role in 
single-molecule tracking studies. However, the SD of a point light source can 
carry additional localization and dynamic information about the particle that is 
inaccessible by centroid measurements: (1) for a stationary molecule, the axial 
location (distance away from the focal plane) of the particle can be obtained only 
from SD measurements [57–59] and (2) for a moving particle, regardless of expo-
sure time, the captured image will contain additional blurring. Figure 2.8 shows 
that the moving molecules in (b) and (c) are obviously blurred compared to the 
stationary molecule in (a). In one recent study, SD measurements of a moving 
GFP-LacI in E. coli have been reported [37]; however, for both immobile and 
mobile single molecules, correct interpretation of the SD values requires further 
theoretical and experimental studies. Here, we introduce an algorithm to decon-
volve the blurred image of a moving molecule to obtain its trajectory during expo-
sure by measuring the SD of the image.

Our single-molecule image deconvolution method uses a mathematical algorithm 
that deconvolves the blurred snapshots of a moving molecule with subexposure 

Fig. 2.8  (a) An immobile GFP-LacI molecule on surface, (b) an 1D diffusing GFP-LacI molecule 
on DNA, (c) a 3D diffusing GFP-LacI molecule in solution. The SDs of the PSF are larger for the 
diffusing LacI molecules. (d) Schematic Gaussian PSF of immobile (black) and diffusing proteins 
(red); SD of the diffusing protein s

motion
 is > than that of the immobile one s

0
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temporal resolution. This method is based on the principle that a fluorescent 
particle emits photons along its pathway throughout the whole exposure time, and 
the number of photons emitted at a specific position x depends on the net time the 
molecule spends at that position during the exposure. We introduce the pathway 
distribution function g(x) to describe the net time distribution that a single fluores-
cent molecule spends at location x during the exposure. The final fluorescence 
intensity profile I(x) of the moving molecule is the convolution of the molecule’s 
PSF 2 2

0( ) ( / 2 )f x exp x s∝ −  and its pathway distribution function g(x), 

	 ( ) ( ) ( ),I x f x g x∝ ∗ 	 (2.4)

where s
0
 is the SD of the PSF of the immobile molecule at focus. By fitting the final 

convolved snapshots of a moving single molecule to Eq. 2.4, we can extract the 
appropriate g(x). We call this procedure for obtaining the pathway distribution g(x) 
for a convolved image of a moving single fluorophore the Single-Molecule Image 
Deconvolution (SMID) method [60].

There could be more than one suitable pathway that yields the same convolved 
image. It is fortunate, however, that there are usually only a few theoretical models 
from which to choose. By combining SD measurements with the additional 
centroid-versus-time information at different timescales in the analysis, the g(x) 
selection can be narrowed to fewer possibilities.

2.4.3 � Precision Analysis Associated with SD Measurements

In order to use SMID to discern different subexposure time pathways, which in 
our case reflect different sliding mechanisms and sliding–hopping-alternation 
kinetics, it is important to obtain the precision of SD measurements. If the 
expected SD values of various models differ by more than the error of the experi-
mentally measured SD for each model, the models can be differentiated. We have 
performed the full SD measurement error analysis for single immobile fluores-
cent molecules at focus [61].

Error analysis for centroid measurements of immobile molecules has been 
thoroughly investigated and applied to many systems [35, 62]. As with the centroid 
measurements, the precision of SD measurements is affected by the same experi-
mental settings of a finite number of photons per PSF N, the camera background 
noise standard deviation s_b, and the camera’s finite pixel size a. We have derived 
an analytical expression for PSF SD measurement error as a function of these 
parameters. The SD measurement error in x or y direction is the square root of the 
mean square error 2( )iS〈 ∆ 〉

	 π σ
 


 
+ + _ + 〈 〉+   
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where, 〈 〉b  is the mean background photon count. Figure 2.9 shows our SD mea-
surement error results using four methods of study: experimental measurements, 
simulations, numerical integrations, and analytical calculations. At low PSF photon 
count of N » 100, the SD error is » 15 nm; at high PSF photon count of N » 1, 000, 
the SD error is » 4 nm. This SD error expression is approximately 1.25 times higher 
than the precision of centroid measurements under comparable experimental 
conditions. The experimental results in Fig. 2.9 were obtained using a different 
camera (Andor EMCCD), a different excitation wavelength of 532 nm, and a 
different pixel size of a = 79 nm from the measurements in Sect. 2.2. In addition, 
2D Gaussian fitting to PSF was used instead of the 1D fitting in Sect. 2.2.

2.4.4 � SMID Enables Single-Image  
Molecular Dynamics Studies

In the above section, we introduce a new method, SMID, for single-molecule local-
ization and tracking studies with higher temporal and spatial resolution than currently 
afforded by centroid measurements. The higher temporal resolution is achieved 
through the following mechanism: while many centroid measurements at different 
times are required for tracking a single molecule, SD measurement of only one image 
can offer insight into single-molecule dynamics at the shorter subexposure timescales 
with higher precision. Literally, one millisecond exposure image can be used to dif-
ferentiate mechanisms that differ in SD by nanometers, enabling single-image studies 

Fig. 2.9  SD measurement error, Ds
x, rms

, versus the number of detected photons N studied by 
using four different methods: experimental measurements (solid squares), simulations (circles), 
numerical integrations (crosses), and analytical calculations (dashed line). Each experimental 
Ds

x, rms
 data point is the SD of a Gaussian fit to the s

x
 distribution of a single streptavidin-Cy3 

monomer adsorbed to surfaces
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of molecular dynamics with at least 100-fold improvement in temporal resolution. 
For the spatial resolution, while centroid analysis is based on measuring the mean 
location of the molecule for each image during the exposure time, measurement of 
the PSF SD provides a quantitative description of the molecule’s spatial distribution. 
Consequently, the additional information extracted from this distribution constitutes 
improvement in spatial resolution. These improved temporal and spatial resolutions 
enable description of SMID studies with another term – single-image molecular 
analysis (SIMA) studies [60].

Our analytical expression of the PSF SD error provides the level of precision for 
SMID measurements of single immobile fluorescent molecules. When this expres-
sion is extended to axial localization and subexposure time studies, the dynamics 
of various very similar biological systems investigated in vitro and in vivo can be 
elucidated and their underlying mechanisms differentiated, such as our studies on 
differentiating sliding mechanisms of proteins on DNA. When the difference 
between the SDs measured for molecules displaying different characteristic 
motions is small, our error analysis will serve as a means for proper discrimination. 
SMID with full error analysis should be applied to reanalyze existing single-
molecule tracking studies, as well as to all future fluorescence particle tracking 
experiments for a more thorough description of a particle’s dynamics.

2.5 � Application of SMID to LacI Diffusion on DNA Studies

Now, we discuss preliminary results and considerations about the application of 
SMID to LacI diffusion on DNA studies. Issues relevant to the interpretation of 
experimental results for the correct diffusion model selection are discussed.

2.5.1 � SD Measurements of Diffusing LacI on DNA

Figure 2.10 shows 1D SD measurements for diffusing GFP-LacI on DNA using 
exposure times of 5, 10, and 15 ms (using the same set of data in Sect. 2.2). To 
illustrate that the SDs of moving proteins differ from that of stationary proteins, s

x
 

distributions of diffusing proteins are compared to s
0
 distribution of stationary 

proteins. The mean of the s
0
 distribution, 0 132nms〈 〉 =  ndicates that our imaging 

system is diffraction limited (Fig. 2.10a), and the SD of the s
0
 distribution is the 

error associated with each PSF SD measurement using our imaging system. In 
Fig. 2.10b, the mean and spread of the diffusing proteins’ s

x
 distribution at 5 ms 

exposure are 165 ± 32 nm (mean ± SD), and they are apparently larger than those 
of the stationary proteins of 132 ± 23 nm. Figure 2.10c shows that as exposure 
times increase to 10 ms and 15 ms, xs〈 〉  values increase accordingly, to 176 ± 50 nm 
and 183 ± 62 nm, respectively.

Although Fig. 2.10 validates the applicability of SMID for protein diffusion on 
DNA studies, the data may not be directly useful for sliding dynamics analysis. For 
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exposure times of 5–15 ms, whether hopping motion is convolved in the images, 
and if so, the extent to which it is convolved are unknown. These unknowns render 
the data insufficient for studying the sliding movements of proteins without a full 
analysis of their hopping motions as well.

2.5.2 � Exposure Times of 0.1–2 ms Should  
Be Used for LacI Sliding Studies

For LacI sliding studies, shorter exposure times of 0.1–2 ms should be used. We chose 
this range of exposure times for three reasons: (1) 0.1 ms is the shortest exposure 
time at our peak laser power to detect PSF with a signal-to-noise ratio of more than 3; 

Fig. 2.10  (a) s
0
 distribution of immobile GFP-LacI (pink) with 

0
132 1.4 nmxs〈 〉 = ±  (mean ± 

error to the mean). (b) s
x
 for diffusing GFP-LacI on DNA at 5 ms exposure time (blue) with  

165 2.6 nm〈 〉 = ±xs . (c) s
x
 distributions for 5, 10, and 15 ms exposure times, and the xs〈 〉  values 

are 165 ± 3.5 nm, 176 ± 4.5 nm, and 183 ± 5.2 nm, respectively
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(2) 0.1–2 ms falls within the range of the current estimated dissociation time of LacI 
from nonspecific DNA. In references [19, 21], the dissociation time of LacI from non-
specific DNA was calculated using experimental results to be between 0.3 and 5 ms 
in vivo in E. coli; alternatively, when the theoretical limit of association was used for 
calculation, the dissociation time is between 1 ms and 1 s [3, 30]. Although there have 
not been experimental measurements of the LacI’s nonspecific DNA dissociation rate 
constant, our exposure times should satisfy a majority of the estimated dissociation 
times to guarantee that we will be imaging the sliding motion with minimal perturbation 
from hopping; and (3) the expected SDs for Brownian sliding at the 0.1 ms and 2 ms 
exposures differ by 1.6 nm, and this is an attainable level of precision for SMID accord-
ing to Sect. 2.4.3. For the sequence-dependent subdiffusion sliding models, the expected 
SD difference at the 0.1 ms and 2 ms exposure times would be less than 1.6 nm. Using 
this difference, we can differentiate Brownian sliding from subdiffusive sliding.

Let us now calculate the expected SD difference between the 0.1 ms and the 2 
ms images for the sequence-independent Brownian sliding model. For Brownian 
diffusions, D

1
 is constant in all timescales and the pathway density distribution 

function g(x)
Sliding

 is a Gaussian as ( )2
1( ) ~ exp / 4Slidingg x x D t− , with 2D

1
t being a 

reasonable estimate for the variance of g(x)
Sliding

. Since the convolution of two 
Gaussians is another Gaussian with variance being the sum of the two variances, 
the imaged Brownian sliding protein should have a Gaussian intensity profile 
I(x)

Sliding
, with 2 2

0 12Slidings s D t= +  as 

	 ( )∝ − +2 2
0 1( ) exp / 2( 2 ) .SlidingI x x s D t 	 (2.6)

Using 5 2
1 10 nm / sD〈 〉 ≈  [45], the expected SD difference between t = 0. 1 ms and 

t = 2 ms is 1.6 nm.
For the 1.6 nm difference to be resolved, the measurement error of each mean SD 

value at a specific exposure time should be less than one-half of the difference, or 0.8 
nm. Assuming each image contains a conservative number of 200 photons (which 
corresponds to a SD measurement error of 10 nm according to Fig. 2.9), the number 
of images required for the mean SD error to be less than 0.8 nm is N

frames
 » 160 

images, according to the relation for error to the mean of 10 nm/ 0.8framesN =  nm.
From the above calculations, if the mean measured SDs increases with t accord-

ing to 2 2
1SD(t) 130 2nm D t= + , and differ at 0.1 ms and 2 ms exposure times by 

» 1. 6 nm, then the sliding is Brownian in millisecond timescales. If the mean SDs
increase from 0.1 ms to 2 ms slower than 2 2

1130 2nm D t+ , or differ at 0.1 ms and 
2 ms exposure times by < 1. 6 nm, then the sliding is subdiffusive.

2.5.3 � Will Hopping Be an Issue for the 0.1–2 ms  
Exposure Times?

During facilitated diffusion, after the first sliding motion, the protein dissociates from 
DNA and performs a hopping motion. Are the exposure times of 0.1 ms and 2 ms 
too long such that the protein images may have hopping motions convolved? The 
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answer is yes; it is possible that occasionally hopping motion may be convolved 
in the images. Statistically, if the mean sliding dissociation time is 1 ms, some 
short slides will inevitably be followed by hopping during exposure and thus 
some hopping will be convolved in the images. Whether the hopping-convolved 
images can be differentiated from the purely sliding images will depend on the 
fraction of time the protein spends hopping during exposure. If the percentage of 
time for hopping is too high to be ignored, for example, if 1 ms out of a 2 ms 
exposure is hopping, then the hopping-convolved image will differ dramatically 
from that of a protein that only moves by sliding. Figure 2.11 shows 3D diffusing 
molecules with 0.3 ms, 0.7 ms, and 1 ms exposure times and the respective mean 
SD values of 140 nm, 173 nm, and 195 nm. It is evident that the “blur” of 3D 
hopping proteins is significantly larger than s

sliding
 » 130 nm of the sliding 

proteins and should be easily discerned if convolved. If the hopping time is short, 
for example, 0.1 ms out of 2 ms, then the percentage of emitted photons from 
hopping will be too low to affect the overall SD of the image significantly.

2.5.4 � Effect of Defocusing

It is known that the width of a defocused PSF increases [58]. Will defocusing of the 
sliding proteins affect the expected SD values significantly? Here, we will estimate 

Fig. 2.11  Images of representative single 3D diffusing molecules with exposure times of (a) 0.3 
ms, (b) 0.7 ms, and (c) 1 ms. The spread of the molecules increases with exposure time and the 
SD values are 135 nm (a), 180 nm (b), and 204 nm (c), respectively. (d) SD distributions for 
exposure times of 0.3 ms (red), 0.7 ms (blue), and 1 ms (yellow). The SD values are 139.5 ± 3.6 
nm (mean ± standard error of the mean), 173.3 nm ± 4.2 nm, and 194.5 ± 5.2 nm, respectively. 
The mean of the SD distribution increases with exposure time, indicating that the observed mol-
ecules are indeed 3D diffusing molecules. Scale bar, 1 mm
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the effect using DNA transverse fluctuation analysis. In the transverse and axial 
directions, a bound-sliding protein should fluctuate the same as the DNA. An 
elongated l DNA molecule that extends to the typical 60–90% of its contour length 
fluctuates transversely with maximum excursion of 100 nm and frequency of 10 Hz 
(100 ms each cycle, unpublished data). This transverse motion can be approximated 
to be fluctuation in the axial direction. In the 0.1–2 ms range of exposure times, 
DNA should have barely moved (or at most defocused by 10 nm) and the defocus-
ing effect on the protein SD should be negligible according to the following rela-
tion: the standard deviation s(∆ z) of a defocused PSF changes with the defocusing 
distance ∆ z as [63] 

	 ∆ = + ∆ 2
0( ) 1 ( / ) ,s z s z D 	 (2.7)

where D » 400 nm is the depth of field of our imaging system. If we use △ z
Max

 = 10 
nm, there is essentially no change to s

0
.

2.5.5 � Effect of DNA Longitudinal Fluctuation

Since a protein slides longitudinally along DNA, the longitudinal fluctuation of 
DNA can introduce blur to the PSF. Here, we estimate the maximum effect DNA 
longitudinal fluctuation can have on s

sliding
 = s

x
. According to a simple calculation, 

the longitudinal displacement of a segment of DNA under tension can be calculated 
from its measured transverse displacement by assuming that the DNA functions 
like a spring under tension. For the measured transverse displacement of ± 100 nm 
at the center of a l DNA molecule stretched to 10 mm, the corresponding 
longitudinal displacement at the center segment is 2 2(100 ) (5 ) 5nm m mµ µ+ −  =

1 nm. Putting this 1 nm into 6 (in the place of 2D
1
t), the change to the observed SD 

should be minimal.
This theoretical estimation awaits experimental validation described in Sect. 

2.6.1.2, where the DNA longitudinal fluctuations will be investigated through SD 
measurements of single specifically bound proteins.

2.6 � Prospects for LacI Sliding Studies Using SMID

More experiments and analysis are necessary to unravel the sliding mechanisms of 
proteins on DNA using SMID. Here, we lay out necessary investigations in detail. 
We first describe three different, but complementary approaches that should be 
used in the study: analytical calculations, simulations, and experimental measure-
ments. The intensity profiles of a sliding protein on DNA with exposure times from 
0.1 ms to 2 ms should be obtained using each approach and the results should be 
compared in order to determine the most appropriate mechanism of LacI protein 
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translocation along nonspecific DNA sequences, or the most appropriate sliding 
mechanism. If experimental results disagree with the existing translocation models, 
alternative sliding models should be proposed.

2.6.1 � Analytical SD Calculation of Sliding Proteins

In order to obtain analytical expressions for the fluorescence intensity profile and 
SD of a sliding protein according to the different translocation models, the fol-
lowing studies should be carried out: (1) develop pathway distribution functions 
g(x) for single trajectories, (2) quantify the effects of defocusing and DNA fluc-
tuation on SD measurements, (3) assess SD measurement error associated with 
different sliding models, and (4) finally consolidate all analyses to arrive at an 
expression for expected SD of sliding proteins on DNA for different translocation 
models.

2.6.1.1 � Obtain the Explicit Pathway Distribution Function g(x)  
for Individual Trajectories

When we calculate the sliding PSF SD value s
Sliding

 in Sect. 2.5.2 using the decon-
volution method, the pathway distribution function used was the location distribu-
tion at time t for an ensemble of independent trajectories, which is a Gaussian 
distribution as 

2
1( ) ( / 4 )g x exp x D t= − , where the mean square displacement of 

many different trajectories at time t is 2
12x D t〈 〉 = . Although it is a good approxi-

mation, this g(x) is not exactly appropriate for studying individual trajectories, such 
as the single sliding proteins we are analyzing. To our knowledge, the pathway 
distribution function for single Brownian trajectories has not been formulated, in 
contrast to the well known 2

1( ) ( / 4 )P x exp x D t= − relation for an ensemble of inde-
pendent trajectories.

We have performed preliminary simulations of single Brownian trajectories and 
observed that the SD of the pathway distribution for single trajectories s

SingleTrajectory
 

is at least two times smaller than that of an ensemble of independent trajectories. 
Additional simulations and analytical calculations are necessary to formulate s

SingleTrajectory
 

numerically and analytically.

2.6.1.2 � Quantify the Defocusing and DNA Fluctuation Effects Using Single 
Specifically Bound GFP-LacI Molecules

Although we have estimated in Sects. 2.5.4 and 2.5.5 that the defocusing and DNA 
fluctuation should have minimal effects on protein sliding measurements, for 
mechanisms discrimination studies at nanometer precision, the precise effect 
should be experimentally quantified as an offset to the measured SD.
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While the transverse fluctuation of DNA molecules has been extensively 
investigated [64, 65], the longitudinal fluctuations of elongated DNA molecules 
have not been studied. Since l DNA has two lacO sites in its sequence, a single 
LacI can be bound specifically to an elongated l DNA and the exact s

Fluctuation
 of the 

protein due to defocusing and DNA fluctuation can be obtained. The DNA mole-
cule will be anchored at both ends onto a fused-silica surface, and the lacO 
sequences between the two anchors can be identified by the specifically bound 
protein. This study should provide the control measurement for all external effects 
that may increase the expected SD values of sliding proteins. The difference in SDs 
between the single specifically bound LacI on DNA and immobile proteins on 
surfaces will be the SD offset, Ds

Offset
, resulted from defocusing and DNA longitu-

dinal fluctuation for the experimental setting.

2.6.1.3 � Calculate SD Error DsSliding   for Sliding Protein Images

In Sect. 2.4.3, we have developed the SD measurement error expression for immobile 
single molecules. For mobile molecules, such as sliding proteins on DNA, the SD 
measurement error should be developed for correct assessment of the measurement 
precision. Using the new single trajectory pathway distribution functions g(x) for 
Brownian sliding and subdiffusion slidings to be developed in Sect. 2.6.1.1, the 
expected intensity profiles of sliding proteins will differ from that of immobile 
proteins. By using the same method for SD error derivation for immobile single 
molecules and replacing the intensity profile of the immobile molecules with that of the 
sliding proteins, SD measurement error for sliding proteins can be obtained [61].

2.6.1.4 � SD of the Final Sliding Protein Images

When we combine all factors that may affect the observed s
Sliding

 values, the final 
theoretical s

Sliding
 should include SD due to the sliding motion s

SingleTrajectory
, the defo-

cusing and DNA fluctuation offset Ds
Offset

, and SD measurement error Ds
Sliding

 as 

	 2 2( ) .Sliding SingleTrajectory Offset Slidings s s s= + ∆ ± ∆ 	 (2.8)

2.6.2 � SD Simulations of Sliding Proteins

In order to simulate the fluorescence intensity profiles of sliding proteins, proteins’ 
trajectories need to convolve with the PSF. All other experimental effects should 
also be included in the simulation. These effects are DNA fluctuation, defocusing, 
evanescent light intensity decay, and statistical error originated from fluctuating 
numbers of photons per PSF, finite camera pixel size, and background noise.
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The simulation of sliding LacI images can be carried out in the following 
order: (1) Simulate 1D Brownian diffusion trajectories along DNA with the 
known 5 2

1 10 nm / sD〈 〉 =  and subdiffusion trajectories with a starting b value of 
0.5. How do we choose the step size (or time interval for simulation)? This 
depends on how many photons will be there in an image. If there are 100 photons 
in a 0.1 ms image, then the step size cannot be smaller than the interval during 
which one photon is detected, or 0.1 ms/100 = 1 ms. (2) Incorporate the transverse 
and axial direction fluctuations into the 1D trajectories according to DNA’s trans-
verse fluctuations, thus forming a 3D trajectory. (3) At each step, insert a PSF. 
The PSF should only have one photon, and the location of the photon will be 
randomly distributed within the PSF according to the PSF Gaussian photon dis-
tribution. The PSF SD will change according to the axial location 7. (4) Correct 
each photon count by a weighting factor, since the decaying evanescent excitation 
(Fig. 2.3b) does not excite the fluorophore at all depths equally. (5) Bin the simu-
lated weighted photons for the whole image into pixels to include the camera 
pixelation effect. (6) Add the background noise to the binned image. (7) Fit the 
final intensity profile to a 2D Gaussian to obtain the SD value for the image. (8) 
Obtain the SD distribution for many simulated images for a specific exposure 
time. (9) Add the DNA fluctuation and defocusing offset s

Offset
 to the mean SD. 

(10) Plot and compare the mean SD values at different exposure times with 
experimental data.

2.6.3 � Experimental SD Measurements  
of Sliding LacI on l DNA

In Sect. 2.5.1, SD distributions of diffusion LacI on DNA were measured for three 
exposure times of 5 ms, 10 ms, and 15 ms. Although changes in SD with exposure 
time are apparent, these exposure times might be too long for hopping to be negli-
gible. In order to ensure detection of genuine sliding motion, exposure times of 
0.1–2 ms should be used.

The mean SD values from SD distributions at various exposure times should be 
plotted. If SDs increase with t as SD(t) = 2

0 1s CD t+ , where C is the coefficient for 
single trajectories that will be calculated in Sect. 2.6.1.1, the sliding is Brownian. 
If the SD increases are less, then the sliding is subdiffusive.

2.6.4 � Resolution Limits, Alternative Translocation Models,  
and Extensions

During experiments, the following items might be of concern and may introduce 
further complications to the studies.
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2.6.4.1 � Resolution Limitation

It is possible that even with nanometer resolution of the SD measurements, different 
sliding models may not be differentiated if the SD difference between the models is 
less than the SD measurement error, which in our case is » 0.8 nm (Sect. 2.5.2). 
One example is the DNA-sequence-dependent sliding Models I and III (Fig. 2.7), 
where their 2n〈 〉  values at 2 ms are almost identical. If this occurs, then this study 
can at least rule out subdiffusion models with a b value significantly lower than 0.5, 
or models with a very low A or D

1
 value, or the combination of the three.

2.6.4.2 � Obtain the Realistic Sliding–Hopping Alternation Kinetics  
by Simulation

In spite of recent experimental and theoretical investigations of protein hopping on 
DNA [30, 66], the real hopping interval distribution and nonspecific DNA dissocia-
tion time distribution remain unclear. Simulation might offer a solution to the 
problem. The whole sliding and hopping process to seconds long can be simulated 
using Brownian dynamics to search for a combination of sliding characteristics and 
hopping time distribution that yield the known LacI 1D Brownian diffusion with 

5 2
1 10 nm / sD〈 〉 =  in the timescale of seconds [45]. The results should provide vali-

dation for the interpretation of experimental results.

2.6.4.3 � Uncertain Sliding Dissociation Time and Possible  
Alternative Sliding Model

If the unknown sliding time is more than 5 ms, the lowest exposure time used in experi-
ments in Sect. 2.5.1, then reinterpretation of data in Fig. 2.10 for the 5-ms exposure 
time suggests an alternative mechanism of translocation: one that diffuses fast on 
millisecond timescales and slow on second timescales.

Let us calculate the expected SD (s
Sliding

) for the Brownian sliding model assum-
ing that the mean sliding time is longer than 5 ms. Since the sliding is Brownian 
for all timescales, D

1
 is constant at all timescales. Putting the experimental values 

of t = 5 ms and 1D〈 〉 = 105 nm2/s [45] into 6, s
Sliding

 = 133.7 nm. This calculated 
s

Sliding
 is significantly lower than the measured mean value of xS〈 〉 = 165 ± 2.6 nm 

(Fig. 2.10b). This result suggests faster diffusion in millisecond timescales than in 
second timescales, contradicting the existing Brownian sliding and subdiffusion 
sliding models.

2.6.5 � Relating Physical and Biological Significance

In some respects, the rate at which transcription factors find their specific sites is 
not a very interesting biological problem. While you can worry about the speed 
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needed to find transcription factor sites in rapidly growing cells such as E. coli, for 
some cells there would seem to be plenty of time for the proteins to find their sites 
given the known range of on and off nonspecific dissociation dynamics and the 
probable size of the specific site at which the transcription factor binds tightly. It is 
possible that a far more important biological problem is as follows: what is the 
physics of how tight association to a specific sequence of basepairs occurs as 
opposed to the secondary issue of how the site is found.

The common thread linking the specific and nonspecific binding is the DNA 
sequence, just as in the protein problem the common thread linking folding rates 
and activity is the amino acid sequence. In this paper, we discuss a new way to 
analyze the dynamics of transcription factor dynamics on a DNA molecule in 
terms of pathway distribution function g(x), the position-(and time) dependent 
dynamics of the transcription factor moving along the DNA molecule. It is some-
what comparable to the distribution of conformation states g(E) that the Frauenfelder 
group developed some years ago which characterized the probability distribution of 
a protein on a free energy landscape and the subsequent dynamics [39, 67]. We can 
ask if, perhaps, the g(x) we introduce here could play a similar role for the movement 
of a transcription factor along the DNA as it moves in a, perhaps, sequence-directed 
manner toward deep specific binding sites. This approach could elucidate the basic 
biologically relevant mechanisms.

2.7 � Summary

In this chapter, we present single-molecule fluorescence imaging studies of LacI 
protein diffusing along elongated DNA molecules and detail the studies necessary 
to discriminate different sliding mechanisms of proteins on DNA using theoreti-
cal calculations, simulations, and experimental measurements. A new method, 
SMID, that can improve the temporal resolution of single-molecule tracking 
experiments by 100-fold is developed and applied to LacI diffusion studies. 
The experimental and analytical methods presented here should advance the 
single-molecule imaging field by providing a new method that improves the tem-
poral and spatial resolutions of single-molecule tracking. The sliding mechanism 
research should provide fundamental insights into how proteins interact with 
nonspecific DNA sequences and help to quantify the effect of facilitated diffusion 
on gene regulation.
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3.1 � Introduction

Protein–DNA interactions are required for all the major functions of DNA: transcription 
and regulation, replication and repair, even the packaging of DNA into chromosomes. 
Not only are protein–DNA interactions crucial for all these cellular activities, but they 
are also, in our view, among the most fascinating macromolecular interactions because 
of their dynamics. In this chapter, we focus on DNA sliding by proteins, particularly 
diffusive sliding. Such sliding is typically part of the search for a target on the DNA 
itself or for another protein bound to the DNA. Of particular interest here are the pro-
teins known as DNA sliding clamps that can remain bound to the DNA while diffusing 
vast distances along the double helix of DNA. We do not yet know the detailed mecha-
nisms of protein sliding on DNA, but we aim to familiarize the reader with what is 
known observationally and to provide some discussion of potential mechanisms.

Passive vs. active sliding. Proteins that interact with DNA can be divided into two 
groups: those that actively move along DNA (“active sliders”) and those that do not. 
The first group contains proteins such as DNA and RNA polymerases and helicases, 
and because of the “processivity” of their functions (e.g., incorporating one base after 
another), it is intuitively obvious that these proteins can slide along DNA, that is, 
remain in contact with DNA while moving along it. Many proteins in the second group 
also slide or hop along DNA, either through attachment to active sliders or by diffusion 
(“passive sliders”). Among the members of the second group are proteins such as DNA 
replication processivity factors that function to promote the retention of an active slider 
(such as a DNA polymerase) on the DNA. Because they remain bound to DNA inde-
pendent of binding to other proteins, the processivity factors have been dubbed “DNA 
sliding clamps”. In isolation on DNA, a DNA sliding clamp becomes a passive slider. 
DNA sliding clamps exist in all life forms. Examples include PCNA (eukaryotic and 
archaeal), b clamp (bacterial), UL42/44 (viral), and gp45 (of phages). Other passive 
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sliders are not obviously sliders at all. In a sense, the fact that sequence-specific 
proteins such as restriction endonucleases and transcription factors can slide along 
DNA may appear surprising. After all, a  biomolecule that binds its specific target 
sequence with nanomolar specificity might be expected to bind and stay put. The very 
interactions that stabilize specific binding (i.e., the “binding specificity”) would seem 
to ensure that sliding does not occur. Nevertheless, even proteins that bind their DNA 
targets very tightly slide or hop along DNA to get there.

Brief historical perspective. The concept that proteins passively slide on DNA to 
locate specific binding sequences is at least four decades old. As with many ideas in 
science, it is difficult to determine when the idea was first formulated. In the early 1980s, 
Otto Berg, Peter von Hippel, and colleagues wrote a series of landmark papers. In one 
of those papers, Berg et al. [1] cited a 1968 book chapter by Adam and Delbrück [2]. 
Hence, we know the concept is at least four decades old. A defining (and likely inde-
pendent) moment occurred in 1970 when it was reported that the lacI repressor protein 
could locate its target site about two orders of magnitude faster than predicted by normal 
diffusion-collision mechanism (i.e., three-dimensional (3D) diffusion and random 
collision) [3]. Given the sensitivity of the result to the salt concentration, it was imme-
diately interpreted as evidence that the DNA electrostatically attracts the protein [3]. 
Later, the search for the specific DNA target was modeled as a two-step process in 
which the search was “facilitated” by first binding the DNA molecule nonspecifically 
and then sliding to the target [1]. In the ensuing decades, a combination of biochemical 
assays and theoretical considerations gave rise to an increasing appreciation of the 
importance of sliding along DNA for many DNA-binding proteins. The latest chapter 
in the lacI repressor story is presented by Wang and Austin in this book.

Sliding, hoping, and jumping. In their papers, Otto Berg, Peter von Hippel, and 
colleagues developed a theory of this facilitated diffusion model and followed it with 
further experiments on lacI [1, 4, 5]. They laid out four possible modes of DNA target 
searching by proteins – more generally, modes of moving from one site to another on 
DNA: (1) sliding along DNA via continuous one-dimensional (1D) diffusion without 
dissociation, (2) hopping, where the protein effectively diffuses along a single molecule 
of DNA but does so via a series of dissociation and rebinding events, (3) jumping, 
which, in contrast to facilitated diffusion, amounts to ordinary 3D diffusion between 
DNA sites, and (4) intersegmental transfer, where the protein swaps sites on the DNA 
via a looped intermediate (Fig. 3.1). To date with some minor differences all models of 
proteins moving on DNA have defined these same modes [6, 7]. The first, second, and 
third modes present a continuum transition from 1D diffusion on DNA to 3D diffusion. 
The fourth mode, intersegmental transfer, does not fit so neatly into this continuum. 
This mode requires at least two DNA-binding domains in a special arrangement.

While some experimentation and refinement of this theory took place in the 
ensuing decades, there has been an explosion of activity in just the last few years, 
particularly through direct observation of protein sliding on DNA. In our review of 
that activity, we consider only passive sliding. For investigations of active sliders 
such as polymerases, there are recent reviews [8, 9]. Many proteins have been 
observed passively sliding on DNA (Table 3.1). These include proteins responsible 
for detecting DNA damage (hOgg1, MutM, Msh2–Msh6, Ada, Rad51), proteins 
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Fig. 3.1  Modes of proteins searching for DNA targets. This chapter focuses on passive sliding
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involved in cutting DNA in specific places (EcoRI, EcoRV, BamHI), promoter and 
repressor DNA transcription factors (lacI, p53), the adenoviral AVP–pVIc complex, 
the RNA polymerase (RNAP), and the DNA sliding clamps (PCNA, b clamp) that 
aid critically in DNA replication and are also involved in some forms of DNA 
repair. Many of these proteins bind to a specific DNA feature; they slide on DNA 
in the course of searching for that feature. Although a fascinating topic in its own 
right, in this chapter we are not concerned with the search for DNA targets per se, 
but rather the mechanism by which proteins actually move along DNA. We thus 
focus mainly on the first mode of translocation, bona fide sliding on DNA, and on 
its nearest alternative, hopping. From this point of view, the DNA sliding clamps 
are particularly interesting because these proteins form closed rings around DNA 
and are therefore topologically constrained to remain bound. As we will see below, 
the diffusion of DNA sliding clamps remains poorly understood.

3.2 � Experimental Observations of Sliding

Monitoring protein movement along DNA is an active area of research with many papers 
reporting evidence for sliding, speeds of target acquisition, and measured diffusion con-
stants. Until recently, biochemical assays commonly involving various pathways and 
traps were the most frequently used methods, but these have now been largely overtaken 
by single-molecule assays, especially single-molecule tracking by total internal reflec-
tion fluorescence (TIRF) microscopy. Other single-molecule methods include atomic 
force microscopy (AFM) and fluorescence resonance energy transfer (FRET).

Table  3.1  Proteins and their diffusion constants, as measured by 
single-molecule methods. All of the measurements use single-molecule 
tracking, except the EcoRI [30] and the b clamp [11] measurements 
which use a biochemical assay and single-molecule FRET, respectively

Protein Diffusion constant (m2/s) References

EcoRV 3 × 10−15 Biebricher et al. [20]
EcoRV 10−14 Bonnet et al. [21]
EcoRI 3 × 10−15 Rau and Sidorova [30]
hOgg1 6 × 10−13 Blainey et al. [22]
MutM 4 × 10−14 Blainey et al. [22]
AVP–pVIc 2 × 10−12 Blainey et al. [31]
BamHI 6 × 10−13 Blainey et al. [31]
Msh2–Msh6 9 × 10−14 to 2 × 10−16 Gorman et al. [18]
Rad51 10−13 to 10−14 Graneli et al. [32]
RNAP 10−14 Harada et al. [23]
LacI 10−13 to 2 × 10−16 Wang et al. [27]
C-Ada 10−12 Lin et al. [25]
p53 3 × 10−13 Tafvizi et al. [26]
PCNA 10−12 Kochaniak et al. [24]
b clamp 10−14 Laurence et al. [11]
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Intuitively, it might be expected that it would be difficult to distinguish between 
sliding and hopping on DNA, and indeed, this is the case [10]. What is known about 
translocation in terms of distance and time is dictated by what can be observed 
experimentally. In this respect, the very short time and length scales involved in 
translocation over a small number of base pairs can make the distinction between 
sliding and hopping very difficult. Most experiments observe movement over many 
seconds and across hundreds to tens of thousands of base pairs, although some 
recent reports probe distances as short as tens of base pairs with time resolution in 
submicroseconds [11].

Because active sliding tends to be directional, it can be characterized by a simple 
rate, with units of base pairs per second (or in SI units, m/s). Passive sliding is a 
diffusional or Brownian process and therefore is not properly characterized by a 
rate, but rather by a diffusion constant (D). The diffusion constant is related to the 
average distance that a particle moves (∆x) in a time (t) by Einstein’s simple 
relation:

	 2 2x nDt∆ = 	 (3.1)

where n is the number of dimensions involved in diffusion (i.e., 1, 2, or 3). This has 
two important consequences. First, the time it takes for a protein to cover a distance 
by random search grows very rapidly, as the square of the distance. Second, ∆x is a 
distance independent of direction, so, for example, after a time interval t a protein 
sliding on DNA with diffusion constant D is just as likely to be ∆x “beyond” or 
“behind” its original position. Despite this distinction between active and passive 
sliding, it is common nonetheless to use dynamic adjectives such as “fast” or “slow” 
to characterize passive sliding with relatively high or low diffusion constants.

3.2.1 � Biochemical Assays

To date, a great wealth of data has come from biochemical assays. By measuring 
the rate of product production, biochemical assays that measure the productivity 
and processivity of active sliders, such as DNA polymerases, provide the sliding 
rate for these proteins. For example, we know that DNA polymerase III holoen-
zyme moves along the template strand, reading it and building the opposite strand 
at the rate of roughly one base every 2 ms [12], a measurement more recently con-
firmed by single-molecule methods [13]. For the passive sliders, similar strategies 
can be used, even in cases where no product is produced (nonenzymatic sliders). 
Although biochemical assays are not ideal for monitoring motion, certain clever 
experiments can reveal critical information about sliding. In many cases, the bio-
chemical assays make use of DNA topology such as closed loops or even catenated 
DNA (where one loop runs inside another, as in links of a chain) and careful place-
ment of targets and starting points [14].
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One strategy is to load the protein onto DNA at a known location and then 
measure the time it takes to reach a target, as has been done for a DNA sliding 
clamp, the Escherichia coli b clamp more than a decade ago in the O’Donnell lab. 
In a control experiment, the b clamp was loaded onto a nicked, circular DNA plas-
mid (7,200 bp), and the b clamp remained on the circular plasmid with a half-life 
of over an hour – a long time relative to the life of a bacterial cell [15]. When the 
circular DNA plasmid was cut open by a site-specific endonuclease, the b clamp 
disassociated from the DNA within a few minutes by sliding off one of the free ends 
of the “linearized” plasmid. Although those experiments were intended as qualita-
tive observations of sliding on DNA and not designed to measure the diffusion 
constant, we can nevertheless calculate at least a lower limit for the diffusion con-
stant. After 1 min of linearizing (endonuclease) reaction, plasmids were analyzed 
by approximately 15 min of gel filtration, after which little or none of the sliding 
clamps were present on the linearized DNA [15]. Using this time (~15 min), and 
assuming that clamps were at random positions on the 7,200-bp plasmid upon lin-
earization, a “survival probability” analysis [16] yields a relation between the time 
t, interval length L, and diffusion constant D, such that

	 ( )τ = π2 2 ,L D 	 (3.2)

and this gives a limit of D ³ 10-15 m2/s.
Rau and Sidorova devised a method for measuring sliding on DNA based on the 

ratio of the dissociation rate of the EcoRI restriction endonuclease from DNA frag-
ments containing one specific binding site vs. the dissociation rate of EcoRI from 
DNA fragments containing two specific binding sites [30]. The measurements enabled 
the authors to determine the sliding rate (Table 3.1), finding it relatively insensitive to 
salt concentration and osmotic pressure, and indicating that the “protein moves 
smoothly along the DNA probably following the helical phosphate-sugar backbone of 
DNA.” They estimate that the sliding rate they measure is 2,000-fold slower than the 
diffusion of free protein in solution. A factor of 40–50 can be accounted for by rota-
tional drag that would result from following a helical path on the DNA. They suggest 
that the other factor of 40–50 could reflect the requirement for making and breaking 
salt bridges between the DNA and the protein, or to the disruption of water structure 
at the protein–DNA interface as the two surfaces move past each other.

Besides biochemical approaches, there have been a variety of spectroscopic 
approaches, new and old. Older approaches such as fluorescence recovery after pho-
tobleaching (FRAP) are poorly suited to such measurements. Extracting information 
on the diffusion of sliding clamps along DNA would require synchronized loading of 
clamps on many aligned and uniformly stretched DNA molecules. Even so, some use-
ful information can be obtained from older optical methods. For example, fluorescence 
anisotropy allows one to create a nonequilibrium situation very simply by exciting 
only the fluorophores whose excitation dipoles happen to be aligned with excitation 
light. Although definitive information on diffusive motion is difficult to obtain by this 
approach, Austin et al. [17] were able to place an upper bound on the diffusion rate of 
E. coli RNA polymerase on DNA using this technique. The newer, single-molecule 
biophysical methods are much more effective in revealing diffusion-based sliding.
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3.2.2 � Single-Molecule Methods

There has been an explosion of single-molecule research for measuring the sliding 
of proteins on DNA. The diffusion constants of many passive sliders have now been 
measured primarily by single-molecule methods. Fourteen examples are listed in 
Table 3.1. Single-molecule measurements are ideal for measuring diffusion of pro-
teins such as sliding clamps on DNA because single-molecule methods directly 
observe the Brownian motion involved in diffusion. Diffusion constants are then 
determined by statistical analysis of the Brownian motion. Two single-molecule 
approaches have been used to observe diffusion of proteins on DNA. First, single-
molecule tracking measures the position of a protein with an attached fluorophore 
moving on stretched DNA [18–27]. Second, single-molecule FRET monitors dis-
tance changes between a donor-labeled protein moving on acceptor-labeled DNA 
using FRET efficiency changes [11, 28, 29]. The latter methodology does not 
require stretched DNA or even surface attachment to reveal diffusion.

Single-molecule tracking. This is the most common single-molecule method used to 
measure protein sliding on DNA. The positions of fluorescently labeled DNA-binding 
proteins are dynamically monitored as they move on stretched DNA [18–27]. For a 
recent review, see Gorman and Green [19]. The fluorescent labels for the proteins are 
small organic fluorophores (such as Alexa 488 or Cy3B) [21–26], fluorescent proteins 
[27], or quantum dots [18, 20, 24]. These methods directly monitor the position of the 
fluorescently labeled proteins by measuring their position using a CCD camera 
(Fig.  3.2a). Excitation is provided by total internal reflection of the fluorescence 
(TIRF), providing a wide area of excitation that only penetrates ~200 nm into the solu-
tion. This is an excellent approach to image wide areas with low background from 
solution. One exception is provided by Biebricher et al. [20], where the authors take 
advantage of especially bright quantum dots and use bright field imaging to monitor 
diffusion away from the glass surface. One current drawback of the TIRF approach is 
that the CCD cameras used typically have time resolutions in the order of 10–100 ms. 
This prevents monitoring of faster diffusive motions, which is unfortunate, since the 
diffusive motion may vary over different length and time scales. For example, there is 
some evidence of multiple modes of diffusion in the case of PCNA [24]. The time reso-
lution limit is not intrinsic to the method and may be improved with newer technology, 
although signal-to-noise issues will ultimately limit how fast the position may be moni-
tored. The chapter in this book by Wang and Austin discusses methods to improve the 
time resolution.

When monitoring the position of the protein directly, stretching of the DNA is 
necessary (at least to the point of straightening) so that position measured using the 
camera can be directly linked to position on the DNA. Careful preparation of 
stretched or elongated DNA is characteristic of this methodology. The mode of 
stretching is another primary methodological distinction between these studies. The 
DNA may be attached to the surface at both ends [18, 21, 24], attached at one 
end  and elongated using fluid flow [22, 25, 26], or stretched between beads in 
optical traps [20, 23]. The proximity of the surface is a possible issue with these 
studies (except for Biebricher et al. [20] where the DNA is away from the surface), 
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but these studies have included several controls that confirm that the biochemical 
systems operate correctly. In the experiments that stretch the DNA with flow, the 
flow velocity can affect the diffusion of the proteins, especially in cases where 
“hops” between sites are expected.

Care must also be taken when interpreting data obtained using large labels such 
as fluorescent protein domains and quantum dots since they are similar in size to 
the labeled proteins and can clearly affect diffusive behavior. In fact, Kochaniak 
et al. [24] used a large quantum dot to detect helical sliding by the logic that if the 
protein is constrained to follow the helical shape of the DNA by revolving once 
about every 10 bp, the larger hydrodynamic radius caused by the attached quantum 
dot would slow down the measured diffusion considerably more if the protein was 
constrained to rotate while sliding. These issues are explored further in Sect. 3.3.

Single-molecule FRET. The second major single-molecule method for monitoring 
diffusive motion of proteins on DNA is FRET [11, 28, 29]. FRET involves the non-
radiative transfer of electronic excitation energy from donor to acceptor fluorescent 

Fig. 3.2  Single-molecule methods used to track proteins sliding on DNA. (a) Single-molecule 
tracking monitors the position of proteins on stretched DNA using total internal reflection excita-
tion in combination with high sensitivity CCD cameras. The position is obtained by fitting the 
centroid of the observed fluorescence, obtaining accuracy down to ~50 nm. Typical time resolu-
tion is about 30–100  ms. (b) Fluorescence resonance energy transfer (FRET) between donor-
labeled protein and acceptor-labeled DNA may be used to track position of protein on DNA. Using 
correlations, fluctuations in distance on faster time scales (<1  ms) may be monitored. (c) Left 
panel: When the protein labeled with donor (green bulb) is near the acceptor label (red bulb), 
FRET occurs (orange arrow). Right panel: When the protein diffuses away from the acceptor 
label, FRET decreases or disappears
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molecules via a weak dipole–dipole coupling mechanism. FRET requires a resonance 
between the emission of a donor molecule and the absorption of an acceptor mole-
cule, and depends critically on the relative orientations of the dipole moments of the 
donor and acceptor molecules, although for fluorescently labeled biomolecules ori-
entational averaging typically occurs. Most importantly, FRET has a strong depen-
dence on the distance between the two fluorophores:

	 ( )6

01 1 ,E R R = +  	 (3.3)

where E is the fraction of donor excitations transferred to the acceptor, R is the distance 
between donor and acceptor, and R

0
 is the distance at which E = 0.5 (R

0
 is between 4 

and 7 nm for typical fluorophores). For experiments monitoring proteins sliding on 
DNA, the relative motion of a donor-labeled protein and acceptor-labeled DNA (donor 
and acceptor labels can be swapped) is monitored by measuring E as a function of time 
for each single protein. The FRET methodology is complementary to the tracking 
methodology described above because the length scales probed are so different 
between the methods. FRET allows detection of proximities (i.e., distances between 
labels) in the range of 2−8 nm; whereas, by using CCD cameras to monitor the posi-
tion of the protein, the tracking methods approach the limits of their sensitivity well 
above this range at around 50 nm. In addition, movement of the DNA itself will not 
affect FRET experiments, but will cause additional errors in tracking experiments. At 
longer time scales (³1  ms), there is sufficient signal to monitor distance changes 
by calculating E as a function of time. At shorter time scales (<1 ms), fluorescence 
correlations reveal FRET intensity fluctuations caused by distance fluctuations.

Using the FRET method and fluorescence correlation spectroscopy, we deter-
mined a diffusion constant of D ~ 10−14 m2/s for the E. coli b clamp sliding on DNA 
[11, 33]. Our experiments achieved fine time-resolution measurements using a single 
detection volume (~2  fl) defined by confocal microscopy, detecting photons with 
avalanche photodiodes (APD), and obtaining time resolutions down to 100 ns [11]. 
By loading a single protein (b clamp) onto a small section of each large DNA plas-
mid, we were able to monitor sliding clamps diffusing on DNA via FRET without 
any immobilization, that is, while both protein and DNA were freely diffusing in 
solution (Fig. 3.2b and c). Given that a protein with diffusion constant D moves a 
mean-square distance given by (3.1), Dx2 = 2DDt within time Dt, and the fact that 
FRET efficiency decreases from nearly 1 to nearly 0 within about 5 nm, we can 
obtain limits on the diffusion constants measured. The time resolution of 100 ns 
limits one to measuring diffusion constants D < 10−10 m2/s. In our detection method-
ology, proteins and DNA can diffuse in and out of the detection volume, giving rise 
to “bursts” of fluorescence. Bursts of fluorescence due to FRET are observed when 
sliding clamps are loaded on DNA, and then the DNA–clamp complexes diffuse in 
and out of the confocal detection volume. Diffusion of the DNA–sliding clamp 
complex out of the confocal detection volume in free solution meant that we could 
not observe the sliding motion for arbitrarily long periods of time and therefore 
limited our measurements to D ³ 10−14 m2/s. The diffusion constant of the b clamp 
sliding on DNA was very close to this lower limit.



48 D. Barsky et al.

Single-molecule FRET measurements are commonly performed using TIRF 
microscopy in combination with a CCD camera to monitor several protein/DNA 
systems simultaneously [28, 29]. Unfortunately, current CCD cameras sensitive 
enough for single-molecule spectroscopy do not have sufficient time resolution 
(typically 30–100 ms, down to 1 ms in some cases), limiting measurement to slow 
diffusive motions D < 10−14  m2/s. For many proteins that slide on DNA, it is 
important to sacrifice the ability to simultaneously monitor many protein–DNA 
systems for better time resolution.

To date, our measurement of the E. coli b clamp has been the only single-molecule 
FRET measurement of DNA sliding, and it is interesting to compare it with what was 
more recently reported by single-molecule tracking for the sliding of human PCNA. 
The proteins are functionally and structurally similar. By single-molecule tracking, 
Kochaniak et  al. determined an overall diffusion constant for PCNA that, at 
D = 3 × 10−12 m2/s, is two orders of magnitude higher than that for the b clamp [24]. 
These authors also obtained evidence that 85–99% of the motion reflected the clamp 
in a slower diffusing mode that likely tracks the groove of DNA. The remainder of the 
time, the clamp diffuses much more quickly without tracking DNA groove. It is 
intriguing that for the b clamp, we were unable to detect any evidence for fluctuations 
that would be expected for D = 10−12 m2/s, precisely where our correlation-based detec-
tion is most sensitive [11]. Indeed, the lack of fluctuations at the appropriate time scale 
for such fast diffusion was one evidentiary fact from which we deduced that 
D ~ 10−14 m2/s. Assuming that the dimeric b clamp behaves quite similarly to the tri-
meric PCNA in terms of sliding behavior, we believe that the large discrepancy 
between the two measurements likely involves the two modes of diffusion proposed 
by Kochaniak et  al., based on their experimental results [24]. If the sliding clamp 
spends 2−15% of its time in the fast mode, fluorescence correlation amplitudes for that 
motion would be correspondingly small (i.e., 2−15% of the total fluctuations, well 
within the noise level of our previous experiments). In fact, the lack of significant 
fluctuations at the appropriate time scale is consistent with the multiple diffusion mode 
interpretation of Kochaniak et al. In the end, additional, improved experiments that 
measure the diffusion of the sliding clamps over multiple length and time scales will 
be necessary to resolve the puzzle produced by these seemingly discordant results.

3.3 � Interpreting the Observations

What factors affect the sliding of proteins on DNA? In a Newtonian sense, sliding 
should be controlled by entities that can exert a force on proteins. Major components 
that can induce or retard the motion of the DNA sliding protein include other proteins, 
solvent, and DNA. In fact, the thermal forces that induce sliding through Brownian 
motion are mediated by the same objects that can also retard the motion. We can 
avoid confusing the issue by focusing only on the frictional or retarding forces. The 
“other proteins” could bind only the DNA sliding protein or they too could bind the 
DNA. These proteins might be actively sliding proteins, such as polymerases, or other 
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passively sliding proteins. Since we are interested in how proteins slide on DNA, we 
will not discuss explicit protein–protein interactions except for the important case of 
a passively sliding protein affecting the active sliding of another, such as a DNA sliding 
clamp attached to a DNA polymerase (see below). That leaves just the solvent and the 
DNA to affect the sliding motion, i.e., to produce retarding forces.

Three drag terms. The solvent, through its viscosity, will affect the sliding accord-
ing to the shape of the protein. This “three-dimensional (3D) solvent drag” is the 
same drag that occurs in ordinary 3D solvent-phase diffusion, and it is characterized 
by frictional drag term a, which can be calculated by solving the Navier–Stokes equa-
tions. For simple shapes, a is given by the product of the viscosity of the medium, the 
size of the protein, and a geometrical factor (a simple example is given below).

The DNA will affect sliding in two possible ways: (1) frictionless forces that 
nevertheless create additional solvent drag by compelling the protein to take a longer 
path (e.g., a helical one) through the solvent and/or to rotate while moving along the 
DNA, and (2) frictional drag due to a series of energetic barriers that the DNA pres-
ents to the sliding protein. For simplicity in terminology, we call (1) “DNA-induced 
solvent drag” and (2) “DNA surface drag.” Together, the 3D solvent drag, the DNA-
induced solvent drag, and the DNA surface drag constitute three drag terms that 
completely describe the retarding forces for proteins sliding on DNA (Fig. 3.3). 
What can create confusion is that observations of DNA sliding cannot usually detect 
the actual path (e.g., rotations or revolutions) of the protein and thus assume simple 
1D diffusion, sometimes called “effective 1D diffusion”. At least one author makes 
a distinction between 1D and 2D sliding, with 1D/2D indicating that the protein is/
is not required to rotate as it slides, respectively [34]. This terminology has not been 
widely followed; we and others simply describe both of these as “1D” diffusion that 
either does or does not follow a helical path along the DNA.

In focusing on the passive sliding of a protein, sliding on DNA is most simply 
characterized by the effective 1D diffusion constant, a quantity that can be measured 
as previously discussed in Sect. 3.2. To date, over a dozen such diffusion constants 
have been measured. The most striking feature of the diffusion constants listed in 
Table 3.1 is that they span a very large range, covering four orders of magnitude, 
and in a few cases a single protein ranges over three orders of magnitude. So far, 
the fastest sliding proteins are AVP–pVIc, Ada (C terminus), and PCNA, with 
diffusion constants of 10−12 m2/s to 2 × 10−12 m2/s. At the other extreme are the lacI 
repressor and the Msh2–Msh6 repair protein, whose sliding is characterized by 
diffusion constants as low as 2 × 10−16 m2/s. (The sliding of SSB on single-stranded 
DNA might be even slower [29], but it is not directly comparable to sliding on 
double-stranded DNA because the structure of single-stranded DNA is so different 
from double-stranded DNA). To put these numbers in perspective, we compare 
them in two ways. First, we compare the measured diffusion constants with the 
solvent-phase 3D diffusion constants of small molecules and proteins. Second, we 
interpret the diffusion constants in terms of distance and time scales in sliding on 
DNA. For the first, it may be helpful to point out that a “3D” diffusion constant can 
be equally valid for characterizing 1D diffusion (recall that the Einstein relation 
always uses the same diffusion constant, but changes through the factor n according 
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to the dimensionality). The projection of the 3D diffusion of a protein onto a single 
coordinate axis is an idealized model of diffusion on a frictionless, rod-like DNA, 
i.e., with neither DNA-induced solvent drag nor DNA surface drag. Therefore, the 
3D diffusion constant can be viewed as the baseline 1D diffusion constant for slid-
ing on DNA. The actual diffusion constant for sliding on DNA will be reduced from 
that by the DNA-induced solvent drag and DNA surface drag terms.

The 3D solvent drag. The diffusion constant for (3D) solvent-phase diffusion 
decreases as the size of the molecule increases. The diffusion constant of water 
molecules in pure water is about 3 × 10−9 m2/s. Proteins typically exhibit diffusion 
constants that are one or two orders of magnitude smaller. For a protein diffusing 
in solution the diffusion constant can be estimated by Stokes–Einstein relation:

	 BD k T= α 	 (3.4)

where k
B
 is the Boltzmann constant, T is the temperature, and a is the frictional drag 

term introduced above. For the simplest case of a spherical protein, a is given by:

	 6 ,Rα = πη 	 (3.5)

where h is the viscosity of water and R is the radius of the sphere. The physicist’s infa-
mous spherical approximation is not as bad as it might appear. For example, we can 
approximate the donut-shaped b clamp as a sphere, using a = 4.5 nm, the approximate 
cylindrical radius of the b clamp; and at temperatures 25–40°C (i.e., 298–313°K) this 
gives an estimate of D in the range of 5 × 10−11 to 8 × 10−11 m2/s. To avoid the crude 
spherical approximation, one can also solve the Navier–Stokes equations numerically 
for the molecular structure of the b clamp [35], using the program, hydropro [36]. 
At  27°C this calculation gives D = 5.7 × 10−11 m2/s, which agrees very well with our 
previous estimate. These solvent-phase diffusion constants characterize 3D diffusion, 
not necessarily diffusion on DNA; however, as reasoned above, the 1D diffusion rate for 
the sliding clamp on DNA cannot be larger than its ordinary (3D) diffusion constant in 
solution. Hence, we can postulate an upper limit for diffusion on DNA of D ~ 10−10 m2/s. 

Fig. 3.3  The three drag terms relevant to DNA sliding. From left to right: 3D solvent drag, the 
drag that determines the “ordinary” diffusion constant for a protein in solution; DNA-induced 
solvent drag, the “extra” solvent drag that a protein experiences while sliding along DNA due to 
requirements to rotate or revolve around the DNA; DNA surface drag, the drag that a protein 
experiences due to the DNA directly inhibiting the sliding of the protein
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The reported diffusion constants for the DNA sliding clamps are at least two orders of 
magnitude lower than this.

The DNA-induced solvent drag. As described above, the nature of protein–DNA 
interactions may give rise to an induced rotation and/or revolution of proteins sliding on 
DNA. In 1979 Schurr wrote a short report in response to early suggestions that low 
effective diffusion constants for proteins sliding on DNA were due to large energy bar-
riers for proteins sliding on DNA, calculating the extra solvent drag that would occur if 
the lacI protein were forced to rotate during its translocation along the DNA axis [37]. 
He introduced the DNA-induced solvent drag term (with other words) to compete with 
the DNA surface drag term, and estimated for the lacI protein the DNA-induced solvent 
drag was responsible for a two order of magnitude reduction in the effective diffusion 
constant. To keep the model simple, and perhaps because of the lack of insights from 
crystal structures of protein–DNA complexes, Schurr assumed that the protein would 
rotate on the DNA. He found for the total solvent drag the formula,

	 ( )( )α πη  = + π 
2

6 1 4 3 2R R b 	 (3.6)

where b is the distance along the DNA traveled in one rotation, about 3.4 nm for the 
DNA double helix. In (3.6) the first term is simply the usual Stokes drag (Fig. 3.3a) 
and the second term is due to the rotational drag (Fig. 3.3b). This model was recently 
updated to include a term for revolution of a protein on the DNA [38], allowing one 
to calculate the DNA-induced solvent drag for a nonrotationally symmetric protein 
as well as for a particle attached to the DNA-binding protein, such as a bead or 
quantum dot. The observation of rotation/revolution during sliding has been mostly 
indirect. Using the fact that the rotational/revolutionary part of the DNA-induced 
solvent drag has a 1/R3 dependence on the radius of the protein (or similar for the 
radius of the revolution) while the 3D solvent drag has a 1/R dependence on the 
radius of the protein, Blainey et al. estimated the contribution of the DNA-induced 
solvent drag for a handful of proteins based on the effective diffusion constant and 
concluded that all undergo rotation-coupled sliding [31]. Different arguments for the 
rotation-coupled sliding of PCNA have been made (see below) [24].

While it may be intuitive that some proteins would follow the helical form of the 
DNA, by tracking a groove or the phosphate backbone, it is less obvious that 
the DNA sliding clamps would be required to rotate while sliding – that is, sliding 
on DNA more like a nut on a bolt than like a washer. To illuminate the subject bet-
ter, instead of using the above formula for a, we can reason as follows. If the b 
clamp were constrained to follow the groove of the DNA, it would be slowed down 
by the additional viscous drag as the clamp rotated once around the DNA for every 
10  bp or so of linear diffusion – what we termed “DNA-induced solvent drag” 
(above). We can account for this drag by calculating the rotational diffusion con-
stant of the protein as it rotates on its axis. The hydropro program [36] gives a rota-
tional diffusion constant D

rot
 = 2.3 × 106 to 3 × 106 rad2/s, depending on the axis of 

the rotation. Using the average value and the rotational analog to the Einstein relation,

	 2 2 ,D t= γθ 	 (3.7)
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we find that it takes 7 ms to make a full rotation around the DNA helix. By contrast, 
using the solvent viscosity-induced diffusion constant D ~ 10−10 estimated above, the 
time it would take to linearly diffuse the distance of one helical turn by simple linear 
diffusion is just 0.1 ms. Thus, if the clamp were constrained to follow the groove of 
DNA and therefore rotate as it moved along the DNA, the viscosity of water would slow 
the clamp down by a factor of about 70 relative to simple linear diffusion. This retarda-
tion is nearly as much as the factor of 110, estimated several decades ago by Schurr for 
the lacI repressor, which turns out to bind to DNA with an altogether different topology 
[37]. The factor of 70 would give an effective diffusion constant, D

eff
 ~ 10−12 m2/s, that 

would be measured in our experiments if the diffusion of the sliding clamp were gov-
erned only by the viscosity of water and the requirement to follow the groove of DNA 
(i.e., the combined 3D solvent drag and DNA-induced solvent drag). Because our 
experiments on the b clamp provided a diffusion constant estimate two orders of mag-
nitude smaller than this value, we have concluded that diffusion of the sliding clamp is 
retarded well beyond these two drag terms. This implies that there must be significant 
DNA surface drag (discussed below). It seems logical that the clamp would follow a 
helical path at least while attached to the polymerase; however, our measurements nei-
ther confirmed nor refuted this tendency in the absence of the polymerase.

While it is reasonable to expect essentially the same behavior for the other major 
DNA sliding clamp, PCNA, a first publication by Kochaniak et al. suggests otherwise 
[24]. These authors report an apparent diffusion constant of about 10−12 m2/s, which is 
what we have just predicted for the combined effects of 3D solvent drag and DNA-
induced solvent drag. Yet it may be premature to conclude that for PCNA there is 
almost no DNA surface drag. First, Kochaniak et al. use two types of viscogens that 
should differentiate rotational and translational motion, thereby finding evidence for 
rotationally coupled sliding. Nevertheless, when a large quantum dot (12 nm in radius) 
was attached to the protein, the protein-dot couple appeared to slide without any rota-
tion, prompting Kochaniak et al. to propose a second, much faster sliding mode that 
was not coupled to rotation. They proposed that the apparent diffusion constant 
reflects the sum of a fast linear diffusion and a slow rotationally-coupled diffusion:

	 (1 ) ,app fast slowD f D f D= + − 	 (3.8)

where D
fast

 is 10−11 m2/s or larger and f is the fraction that diffuses at this fast rate. This 
result leaves D

slow
 somewhat undefined since it can be close to 10−12 m2/s for a very small 

f of ~1–2%, but D
slow

 can be about 10−14 m2/s for f ~ 10%. Thus, resolution of this issue 
awaits improved resolution in the experiments.

DNA surface drag. In addition to protein–solvent interactions, protein–DNA 
interactions can play a major role in limiting the rate of sliding. Most proteins that 
diffuse on DNA must first adhere, but for the adhesion to cause frictional drag, it 
must vary as the protein moves. The electrostatic attraction between protein and 
DNA, for example, does not necessarily create drag. When there is a sufficiently 
large number of attractive interactions between proteins and DNA, a number of slip–
stick interactions can occur, converting kinetic energy of the whole protein moving 
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into randomized kinetic energy of vibrational motions (i.e., molecular friction). 
Thus, it is reasonable to postulate a series of local energy minima separated by ener-
getic barriers, where the local minima are due to attraction and adhesion between 
protein and DNA, while barriers arise as these attractions vary with the changing 
details of the intermolecular interactions. Therefore, while the presence of attractive 
forces between the protein and DNA does not necessarily create drag, in practice 
intermolecular drag is likely. It is interesting to consider that not all sliding proteins 
must intrinsically adhere to the DNA. The DNA sliding clamps, owing to their ring-
like topology, could theoretically remain on the DNA in the absence of any attrac-
tive, sticking forces. We will return to these topics in Sect. 3.4 below.

By modeling a protein sliding on DNA as a particle diffusing in a rough poten-
tial energy well, it has been shown by Zwanzig that the roughness of the energy 
landscape determines the diffusion rate [39]. In particular, the author shows that in 
a rough energy landscape characterized by an average barrier height of e, the effec-
tive diffusion constant D

eff
 due to the rough energy landscape can be related to the 

diffusion constant in the absence of the roughness D by the expression,

	 ( )2

eff exp BD D k T = − ε 	 (3.9)

More precisely, this result is for a Gaussian distribution of barrier heights, where e 
is the standard deviation of the distribution. Although, as Zwanzig points out, this 
1D model cannot fully account for the multidimensional dynamics of proteins, it is 
a useful phenomenological model, allowing us to estimate the energetics that give 
rise to the drag involved in sliding. Other formulations, based on an Arrhenius 
model, have been employed [22, 24, 40]. The form of Zwanzig’s expression means 
that large differences in the diffusion constant can reflect small differences in the 
roughness of the energy landscape. For example, we predicted a 3D diffusion con-
stant for the b clamp sliding on DNA of D ~ 10−10 m2/s, and measured a diffusion 
constant of D ~ 10−14 m2/s. If the entire difference in these two diffusion constants 
was due to DNA surface drag, the average barrier height would be ~3 k

B
T. Slutsky 

and Mirny suggest that free 1D diffusion requires energy barriers between positions 
on DNA to be less than about 2 k

B
T [6]. This result implies that the b clamp diffu-

sion constant D ~ 10−14 m2/s must include DNA-induced solvent drag. Blainey et al. 
and Gorman et al. estimated energy barriers from measured diffusion constants and 
found that the estimated energy barriers were within the 2 k

B
T limit [18, 22]. 

However, Gorman et al. found this to be the case only if the Msh2–Msh6 proteins 
followed a helical path along DNA, revolving around the DNA with sliding (as we 
just showed for the b clamp). More recently, Blainey et al. used Zwanzig’s formula-
tion to estimate energy barriers near 1 k

B
T for several DNA-binding proteins (not 

all included in Table 3.1) and provided evidence that the proteins track the groove 
of DNA as they slide [31]. Overall, it appears that DNA surface drag is a dominant 
factor in sliding. Even the fastest AVP–pVIc protein is retarded by an additional 
factor of 2–5 by DNA surface drag above retardation due to the combination 3D 
solvent drag and DNA-induced solvent drag [31].
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Distance and time scales. Next, we consider what the enormous range of measured 
diffusion constants (Table 3.1) implies in terms of time and length scales. A natural 
measure of distance along DNA is the distance from one base pair to the next, ~3.4 Å 
for B-form DNA, the conformation thought to be most prevalent under biological 
conditions. Using the Einstein relation we have calculated (Table  3.2) the time it 
would take a hypothetical protein to diffuse 1, 10 or 100 bp, as well as the mean 
displacement that occurs in 1 ms. The fastest diffusing proteins (D ~ 10−12 m2/s) travel 
over 100 bp in a millisecond. The slowest proteins scarcely move on the millisecond 
time scale.

Sliding vs. hopping. In addition to the body of experimental observations, there 
has also been a growing body of theoretical arguments concerning the movement 
of proteins on DNA. In just the last few years several dozen theoretical papers have 
been published. A recent paper by Wunderlich and Mirny on DNA target searching 
gives a good summary of the latest theoretical developments for proteins that dif-
fuse only a certain distance along DNA (sliding mode) before dissociating from the 
DNA (hopping or jumping mode) [10]. The average such distance is defined to be 
the protein “sliding length,” (s) an experimentally determined parameter that is key 
to the remainder of the analysis. The experimental determination of s can be, how-
ever, thwarted by the presence of very small hops, which, the authors point out, 
would be missed by single-molecule observations. For some proteins, the theory 
predicts very small hops, with a median distance of about 1 bp, but such small hops 
could arguably be considered simply part of the sliding mechanism with one impor-
tant difference: hops are more likely to lead to jumps. Because such small hops do 
not affect the diffusion constant, the authors conclude “the major contribution of 
hops is to the duration of sliding rather than to its rate” [10].

Within the observational limitations of the various experiments it has been 
difficult to separate true sliding from hopping. An approach to remedy this is 
presented in the chapter of this volume on lacI diffusion by Wang and Austin. They 
note that with millisecond dissociation times estimated for lacI, there is expected to 
be a significant amount of hopping. In general, fast dissociation kinetics (short dis-
sociation times) can implicate hopping when compared to mean sliding times. 
On the other hand, long dissociation times would indicate little hopping. At the 
extreme are the DNA sliding clamps that not only display very long dissociation 

Table 3.2  Effect of diffusion constant on mean time for three log displacement as well as the 
mean displacement that occurs in 1 ms, based on the Einstein relation for one-dimensional diffu-
sion given by (3.1)

D (m2/s)
Time (ms)  
(for 1 bp)

Time (ms)  
(for 10 bp)

Time (ms)  
(for 100 bp)

Displacement  
(bp) (in 1 ms)

10−16 578 57.8 5780 1.3
10−15 57.8 5.78 578 4.2
10−14 5.78 0.578 57.8 13.2
10−13 0.578 57.8 (ms) 5.78 41.6
10−12 57.8 (ns) 5.78 (ms) 0.578 131.5
10−11 5.78 (ns) 0.578 (ms) 0.058 415.9
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times but must be actively reloaded onto DNA. Such proteins are not expected to 
display hopping. Nevertheless, in a sort of gray area in the definition of hopping, it 
is possible that hop-like diffusion can occur where the clamp protein is not in 
contact with DNA. This case would pose an important exception to the above theory 
since the sliding clamp topology (closed ring around DNA) implies that hops never 
lead to jumps (zero probability), and moreover, the clamp remains bound to the 
DNA without the prima facie requirement for any overall protein–DNA attraction.

In the earliest report of lacI sliding on DNA, it was noted that the protein–DNA 
interactions are dominated by electrostatic forces, a result gleaned from the sensitivity 
of the sliding to the ionic strength of the solution [3]. In fact, this has become a 
standard method for distinguishing hopping from sliding. In order to experimentally 
increase hopping, one can increase the ionic strength of the solution. As mentioned 
above, DNA sliding clamps cannot hop in the ordinary sense, but they can poten-
tially undergo hop-like diffusion (“ice skate” [41]). Kochaniak et al. found that the 
diffusion coefficient of PCNA along DNA changed by only a factor of 2 upon a 
13-fold change in ionic strength (from 41 to 541 mM). While this is a very small 
effect, it may indicate some smoothening of the energy landscape due to interfer-
ence in transient ionic bonds between protein and DNA.

Other proteins may share at least some of the topological character of the DNA 
sliding clamps. There is evidence, for example, that Rad51 and Msh2–Msh6 com-
plexes also form rings or “clamp-like” structures on DNA. In the case of Rad51, 
this inference is made on the basis of (1) previous structural considerations, (2) lack 
of helical extension of the DNA templates, (3) no observations of proteins moving 
past one another, (4) implausibility of a helical form sliding so well along DNA 
[32]. In the case of Msh2–Msh6, the sliding clamp model is consistent with both 
crystal structures and electron micrographs that show the Msh2–Msh6 complex 
completely encircling DNA. Gorman et al. suppose that the complex would have to 
“at least partially unfold to allow dissociation, and this requirement for a large-scale 
structural reorganization may account for the long time periods that Msh2–Msh6 is 
able to slide on DNA” [18]. “Hopping [of the complex] is inconsistent with the 
finding that the diffusion coefficients were insensitive to salt concentration, differ-
ent proteins bound to the same DNA were unable to bypass one another, and they 
were resistant to challenge with excess competitor oligonucleotide” [18].

Diffusion constants and biological function. While most of the research in the 
area of passive sliding is aimed at proteins that slide (and hop, jump, etc.) in search 
of targets on DNA, DNA sliding clamps must slide to serve their function. For 
proteins that search for a target, the diffusion constant conveys a key aspect of the 
speed of the survey search from a given starting point. For proteins that slide as 
their primary function, the diffusion constant describes the drag imposed on that 
function. The b clamp again provides an excellent example. The reported value of 
D ~ 10−14 m2/s implies significant friction (attractive or sticky interactions) between 
the protein and DNA, since this value is at least two orders of magnitude slower 
than would be predicted for a protein of this size diffusing through water alone. 
This may appear surprising since the polymerase III core (a, q and e subunits) 
replicates DNA approximately 50-fold faster when the b clamp is included in the 
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reaction [42]. Nevertheless, we can reason that even the “slow” diffusion constant 
is large enough to imply almost no friction for the DNA polymerase to work 
against. In isolation the b clamp moves from one base pair to the next (0.34 nm) in 
1/100th the time the polymerase takes to insert a single base (~1 ms). Note that the 
polymerase, a Brownian motor, presumably also moves forward by random diffu-
sion on a submillisecond time scale, but each freshly inserted DNA base becomes 
the ratchet tooth that prevents backward motion.

Even though the b clamp easily moves from one base to the next in just 6 ms, 
longer distances require much more time due to the nature of diffusion (Table 3.2). 
Since the b clamp spans a distance of about 12 bp on dsDNA (~4 nm), the time to 
diffuse just one clamp width away is about a millisecond. We have suggested that 
this relatively slow sliding of the clamp may play a role in preventing the poly-
merase–clamp complex from excessive drift during the polymerization process. It is 
noteworthy that recent single-molecule observations of HIV reverse transcriptase (an 
RNA polymerase that does not attach to a sliding clamp) recorded frequent events 
involving polymerase sliding away from the polymerization site [28]. The relatively 
slow sliding of the b clamp on DNA could mean that the attached polymerase need 
not maintain contact with the DNA to keep its place on the template. Indeed, such a 
feature may be required for efficient switching between polymerases and other DNA 
replication and repair factors. It is known, for example, that in the absence of the b 
clamp, the main bacterial polymerase – the a subunit – loses its grip on the template 
and rapidly dissociates from the DNA. It is therefore plausible that the polymerase 
often loses direct contact with the DNA during synthesis, especially during poly-
merase swapping events [43, 44]. During these transitions, it may be the b clamp that 
maintains the correct position on the DNA. Thus, by sticking significantly as it 
passes along the DNA, the b clamp may help prevent rapid polymerase drift.

Ultimately, do all DNA-binding proteins slide on DNA? Possibly not, but it may be 
difficult to rule out any sliding. One can imagine proteins that cannot slide, for example, 
because they are too stiff (see below). In some cases there is evidence that sliding does 
not occur over long distances. One particularly interesting example is RecA which 
facilitates homologous recombination by matching single-stranded DNA to a comple-
mentary region in double-stranded DNA. In complex with single-stranded DNA, RecA 
was shown to reach its target on double-stranded DNA independent of its position, 
indicating that it did not reach its target by sliding along DNA [45]. Nevertheless, this 
work falls short of proving that RecA does not slide on DNA at all.

3.4 � Models and Mechanisms of Sliding

3.4.1 � Implications of Search

Results from theoretical treatments of DNA target search have implications for the 
nature of sliding and hopping on DNA. Several reports, based on theoretical con-
siderations, suggest that many proteins interact with DNA in at least two modes. 
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In one mode the protein slides and/or hops along DNA with high diffusion rate. 
In  another mode the protein binds tightly to a particular site and remains there. 
Two DNA interaction modes provide an obvious solution to the apparent paradox 
of protein sliding over great distances while also tightly binding to the specific 
target sequence. The mechanism for switching between these modes invokes the 
general idea that protein–DNA interactions are nonspecific during sliding/hopping 
and specific during tight binding. One diffusion rate for each protein is probably 
inadequate to describe target acquisition. During fast diffusion there is too little 
interaction to detect the specific target. Therefore, a slower diffusion mode may be 
required by the biology (and implicated by kinetics experiments). In the language 
of proteins searching for a target, the two modes would be a fast diffusion over 
nonspecific DNA and a slow diffusion close to the target site. This also seems to fit 
with the crystal structures of proteins bound “specifically” and “nonspecifically” to 
DNA (as discussed below). It should be mentioned that there has been some con-
troversy about the thermodynamics of such a switch. These considerations place 
limits on the frequency of conformational changes that control the modes [46].

Kinetics studies over the past decade, such as those performed with EcoRI, sug-
gested that while proteins are sliding along DNA, they pause at sites that resemble 
their recognition sites [47]. This provided evidence for a fast and slow mode of 
sliding, fitting well with the aforementioned theories of DNA target search. From 
X-ray crystallography, we have structures for a handful of proteins bound “specifi-
cally” to a DNA target or bound “nonspecifically” to generic DNA. These two 
states are thought to be indicative of target binding vs. target searching, perhaps 
revealing intermolecular contacts in sliding quickly vs. sliding slowly, and the large 
differences in the intermolecular conformations have been interpreted in this way. 
We will now discuss the theoretical arguments for multiple DNA interaction modes 
and then the experimental evidence supporting this view. Work has focused on 
analyzing crystal structures of proteins bound to DNA, as well as simplified simula-
tions and calculations. Although mechanisms largely remain unclear, some clues 
are available from structural analyses and simulations, as discussed below.

3.4.2 � Analysis and Implications of Crystal Structures

The ways in which proteins interact with DNA are varied. The protein may wrap 
around the DNA partly or completely, may grab the DNA deeply with many intermo-
lecular contacts or barely touch the DNA, and may twist, splay, or sharply bend the 
DNA. The nature of the protein–DNA interactions can strongly affect the structure–
function relationship of the complex, especially for enzymatic proteins such as the 
restriction endonucleases. A decade ago Jones et al. published a summary of protein–
DNA interactions, analyzed from 26 protein–DNA complexes and compared with 
some 36 protein–protein interactions [48]. The main findings were that the protein–
DNA interface is largely polar, the protein–DNA interactions are often mediated by 
water molecules, and most of the protein–DNA contacts are to the sugar-phosphate 
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backbone, not the bases. Positively charged arginine residues were the most likely to 
be involved in the protein–DNA interface, followed by polar threonine, asparagine, and 
positively charged lysine residues. Among the least observed residues to contact the 
DNA were the negatively charged aspartic and glutamic acid residues. Traditionally 
the emphasis in the crystallography of protein–DNA complexes was to understand how 
specific sequence recognition occurs. Due to the high stability of the sequence-specific 
complex, this turns out to be easier than obtaining structures for complexes with non-
specific DNA sequences. At that time the only structure of a protein bound to DNA 
“nonspecifically” was the structure of EcoRV bound to noncognate DNA. This remains 
an illuminating example when compared with the structure of the protein bound spe-
cifically to the cognate DNA (Fig. 3.4). The gist of the comparison is that there are 
many fewer contacts overall and no contacts to bases in the nonspecific complex. 

Fig. 3.4  Comparison of protein–DNA interactions for specific (left) and nonspecific (right) binding 
of EcoRV. Top: Axial views of the interactions. The proteins and DNA are represented by smooth 
tubes of the respective backbones with each chain colored differently. The protein residues that 
contact the DNA (i.e., with nonhydrogen atom centers that are within 3.8 Å of any DNA nonhy-
drogen atom centers) are shown in licorice, with polar residues in green, positively charged (basic) 
residues in blue. Bottom: Output of nucplot for the two crystal structures, detailing the protein–
DNA interactions [62]
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Moreover, while the dimeric protein completely wraps around the DNA in the specific 
complex, the dimer is much more open in the nonspecific complex. There are more 
than twice as many water molecules bound to the DNA in the nonspecific complex. 
More specific/nonspecific pairs of structures of protein–DNA have been determined 
since then, but the initial summary has remained valid. Nonspecific protein–DNA 
complexes are looser.

An important starting point for mechanistic knowledge of the sliding state is there-
fore provided by the very few crystal structures of protein–DNA complexes that 
appear to capture nonspecific interactions. But how well do crystal structures of “non-
specific” protein–DNA complexes reveal the freely diffusing/sliding state? On one 
hand, the structures are clearly different from those that form when the specific target 
is present. On the other hand, there is almost a contradiction between the concept of 
a crystal structure and that of a nonspecifically bound sliding protein. In fact, vari-
ous tricks are employed to promote uniformity of complexes, as required for 
crystallization. For example, the DNA sequence is often very similar to the target 
sequence, leading to structures that are probably not completely representative 
of nonspecificity. It is nevertheless hoped that at least some features of the nonspecific 
state are revealed. In fact, assuming that there are two modes of sliding (i.e., fast 
and  slow search), near-specific structures may turn out to be more representative 
of  the slow mode. Perhaps then, the most relevant structures for understanding of 
protein sliding are structures of proteins that do not specifically bind anywhere on 
DNA. A prominent example is the DNA sliding clamps that, not surprisingly, resisted 
cocrystallization with DNA until very recently. With all the inherent limitations of 
static structures in the illumination of motion, protein–DNA cocrystal structures may 
give promising leads in understanding the mechanics of sliding.

Focus on DNA sliding clamps. As mentioned previously, DNA sliding clamps 
are ring-shaped proteins that encircle DNA helix, topologically trapping DNA 
inside the ring and providing a mobile platform to which DNA polymerases and 
other proteins can attach. The fact that sliding clamps are present in all life forms 
underlies the evolutionary success of this way of keeping other proteins in close 
association with DNA. The oligomeric state varies among the kingdoms: the bacte-
rial sliding clamp (polIII b subunit or “b clamp”) is a dimer, while the eukaryotic 
and archaeal sliding clamp (PCNA) is trimer. Despite these differences, all sliding 
clamps have remarkably similar 3D structures featuring pseudo sixfold symmetry. 
The central channel of sliding clamps is ~35 Å in diameter, significantly larger than 
the diameter of the DNA double helix in the canonical B-form (~24 Å). Since the 
first determination of the structure of a DNA sliding clamp, the b clamp, in 1992 
[35], these features have raised questions regarding the relative arrangement of the 
clamp and the DNA. Does the clamp bind directly to DNA or can it “levitate” with-
out making direct contacts with DNA? What is the mechanism of clamp movement/
diffusion along the DNA?

Both biochemical and crystallographic studies have shown that the E. coli b clamp 
can bind DNA directly [49]. The crystal structure of the b clamp–DNA complex 
revealed that the plane of the clamp is not perpendicular to the DNA axis. Instead it 
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is tilted by an angle of about 22° (Fig. 3.5). Since the central channel of the b clamp 
is wider than the DNA double helix, the tilt allows the DNA to contact both sides of 
the clamp channel (indeed both protomers of the dimer). The contacts to the DNA 
are to the phosphate backbone. As we discussed above, the DNA sliding clamp 
makes an unlikely target for crystallization. Indeed, several aspects of the crystal 
structure are worth mentioning. First, the DNA is not completely double stranded. It 
is a “primed site,” meaning that it has a four-base single-stranded 5¢ overhang, and 
there are half a dozen contacts of the clamp to the bases (not just the backbone) of 
the 5¢ overhang. Furthermore, due to the crystallographic arrangement, these ssDNA 
contacts are with neighboring b clamps, not the b clamp penetrated by the dsDNA. 
Thus, given these “crystallization artifacts,” it is fair to ask if b clamp binding to 
DNA in solution shows similarity to what is observed in the crystal structure.

There are several lines of evidence suggesting that the b clamp-DNA arrangement 
seen in the crystal does closely reflect the situation in solution. First, a series of 
molecular dynamics (MD) simulations have been performed in our own lab for the b 
clamp bound to 18 bp of DNA. This study starts with the DNA centered and aligned 
to the central axis of the b clamp on DNA. We have found that the clamp quickly 
adopts a tilted orientation in respect to the DNA, and the tilt angle relative to the 
central 12 bp is actually slightly larger than that observed in the crystal structure of 
b–DNA complex. In the simulations, the angle vacillates mostly between 20° and 30°. 
(A snapshot created at 10 ns is shown in Fig. 3.5). Many of the same residues seen to 
interact with the DNA in simulations were also identified as contacts by crystallogra-
phy (Barsky, unpublished results). In addition, our analysis of conserved residues in 
bacterial b subunits (Venclovas, unpublished data) revealed that the majority of the 
positively charged residues of the b clamp (Arg, Lys, His) interacting with DNA in 
the simulations appear to be strongly conserved by evolution. Altogether these data 
are consistent with the b clamp/DNA interaction in the crystal structure.

Having “verified” the plausibility of the crystal structure of the b clamp–DNA 
complex, we might now ask if there is anything special about how a sliding 
clamp binds DNA (other than the enclosing topology) that might give a clue to the 

Fig. 3.5  Front and side views of the b clamp–DNA complex from X-ray crystallography (left) 
[49] and a snapshot at 10 ns from an MD simulation (right) showing a 30° angle between the 
clamp axis and the DNA axis (Barsky, unpublished results)
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sliding mechanism. From the point of view of evolutionary conservation, there are 
several other highly conserved charged residues that either might provide alternative 
contacts (R176, H175) during b-clamp diffusion on DNA, or (as in the case of K235) 
might participate in binding in the same mode, but on a longer DNA helix than the 
one in the crystal structure. The strong evolutionary conservation of positively charged 
residues inside the inner channel is not surprising considering their anticipated role in 
binding DNA backbone. However, the surprising finding is that a number of nega-
tively charged residues (Asp, Glu) lining the central channel that are as (or even more) 
conserved as those with positive charges. Interestingly, these conserved acidic resi-
dues appear to be mostly interspersed between positively charged residues that either 
contact DNA (as seen in the crystal structure) or could potentially contact DNA 
(Fig. 3.6). Strong conservation suggests a potential role in clamp diffusion, perhaps 
allowing Arg or Lys side chains to alternate between binding DNA phosphates and 
forming salt bridges with neighboring Asp and Glu side chains on the clamp. This 
might significantly lower the activation energy required for breaking charged interac-
tions with DNA phosphates during clamp movement on DNA. Evidence that protein–
DNA interactions can be weakened by the “masking” of positively charged residues by 
forming salt bridges with nearby negatively charged residues has been reported [50].

Fig. 3.6  Crystal structure of b clamp/DNA complex (PDB ID: 3bep). The b clamp monomers are 
shown in differently colored ribbons. The side chains of the most highly conserved positively 
(Arg, Lys, His) and negatively charged (Asp, Glu) residues lining the inner channel are shown in 
a space-filled representation in blue and red colors, respectively
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Our MD simulations of the b clamp show that only a small subset of the 24 
positively charged residues interact for substantial times with the DNA. For exam-
ple, in the 18 bp simulation, only nine residues had contact times (ionic bonds or 
salt bridges of 3 Å or less between the protein and DNA) totaling more than 10% 
of the simulation, while two pairs of residues (from each side of the dimer) con-
tacted the DNA more than 80% of the time. This supports the idea that key residues 
dominate the protein–DNA interactions. This also lends some support to the “ice-
skating” model of interaction and sliding.

These observations for the b clamp on DNA may be relevant for other DNA 
sliding clamps. In particular, binding at an angle has been observed for an X-ray 
crystallographic structure of the yeast PCNA–DNA complex [51] and the structure 
obtained by electron microscopy for the archaeal DNA ligase–PCNA–DNA 
complex [52]. Again, while there are reasonable concerns about the relevance of the 
crystallographic structure, MD simulations have shown that similar to the b clamp, 
PCNA quickly tilts with respect to the DNA axis [53]. Still, some concerns remain. 
In the case of PCNA, the angle between clamp and DNA in the crystal structure is 
substantially larger (40°) than what was reported from the MD simulations (20°). 
In fact, the DNA is partly disordered and was by necessity modeled as a rigid body, 
leading the authors to conclude that the orientation of DNA is not definitive [51]. 
The final structure was termed “an X-ray derived model” (PDB code: 3K4X). This 
may indicate a highly dynamic complex – exactly what might be expected for a 
sliding clamp on DNA. The differences in the crystallographic results for PCNA 
and the b clamp are not easy to explain. Differences might be related to biologically 
unimportant differences in how the crystals developed, or might be caused by fun-
damental differences between the two sliding clamps.

From data related to crystal structures, sequence conservation, and modeling, a 
picture emerges wherein DNA sliding clamps make specific contacts only to the 
DNA backbone in keeping with the “nonspecific” nature of the interaction. Contacts 
are transient, and may be supplemented by additional possible contacts and moder-
ated by possible repulsive interactions. Despite the apparent importance of these 
electrostatic interactions, the sliding of PCNA was only weakly sensitive to the ionic 
strength – a tenfold increase in the salt concentration led to only a twofold increase 
in the diffusion constant. The change was in the expected direction. Two recent 
papers [54, 55] describing crystal structures of PCNA from halophilic archaea 
(HvPCNA) may be informative in this respect. The inner surface of the archeal 
PCNA is less positively charged compared to eukaryotic PCNA. The authors note 
that “strikingly, the positive surface charge considered key to PCNA’s role as a sliding 
clamp is dramatically reduced in the halophilic protein. Instead, bound cations 
within the solvation shell of HvPCNA may permit sliding along negatively charged 
DNA by reducing electrostatic repulsion effects” [54]. Perhaps future simulations 
and experimental observations of diffusion will take up this suggestion.

Finally, we consider the two sliding clamp diffusion modes inferred by 
Kochaniak et  al. who suggested that in the slow mode the proteins follow the 
DNA helix (undergo rotationally coupled sliding) but not in the fast mode [24]. That 
the two diffusion modes are due to changes in the protein–DNA interactions is 
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made especially plausible given the stability of the sliding clamp proteins. It is 
unlikely that sliding clamps undergo the types of conformational changes that are 
ascribed to other dual-mode sliding proteins. Another idea is that the tilt of the 
clamp relative to the DNA could affect the diffusion rate. In fact, it may be argued 
that since the sliding clamp has been observed to slide over 13-nucleotide ssDNA 
loops and other secondary structures of DNA [56], it need not always remain 
oriented in a particular way or follow the grooves of the DNA. Nevertheless, 
whether the change is in helix tracking, in tilt, or both, it is unknown how a 
particular state would persist while sliding over many base pairs. Perhaps the 
solution lies in the details of the electrostatics – the particular placement of 
charges – rearranged so that phosphate backbone would no longer be tracked. 
Ionic bonds between oppositely charged side chains or long-lived bound ions 
might accomplish this. Before the structures of DNA bound to the sliding clamps 
were determined, it had been suggested that the clamps can “ice skate” along the 
DNA [41]. This still might be true.

3.4.3 � Modeling and Simulation

Monte Carlo simulations. Interesting Monte Carlo studies have predicted nonintuitive 
behavior for proteins sliding on DNA. Dahirel et al. [57] showed by means of Monte 
Carlo simulations and analytical calculations that there is a counterintuitive repulsion 
between two oppositely charged macromolecules at a nanometer range. This predicted 
force is thought to arise from a local increase of the osmotic pressure exerted by ions 
trapped at the interface. For DNA-binding proteins with concave surfaces, and for 
realistic protein charge densities, the authors predicted that the DNA–protein interac-
tion free energy has a minimum at a finite surface-to-surface separation. This defines 
a separation distance at which proteins might easily slide on DNA. When a protein 
encounters its specific target sequence, the proposed free energy barrier would be 
overcome by favorable hydrogen bonds, thus enabling sequence recognition. In other 
Monte Carlo simulations, Barbi et  al. show that the consequences of specific site 
recognition during the process of sliding over nonspecific sites produces “nontrivial” 
sequence-dependent dynamics that do not necessarily resolve neatly into two modes 
(or two effective diffusion constants) [40].

Electrostatics calculations and Brownian dynamics. Sun et al. [58] used electro-
static free energy calculations (based on numerical solutions of the Poisson–Boltzmann 
equation) to take into account both energetic and structural considerations for BamHI 
restriction endonuclease sliding along DNA. The authors equate nonspecific binding 
with the sliding state, and they argue from experiments measuring the change in heat 
capacity and the salt-dependence of binding that the nature of the protein–DNA 
interactions is dominated by through-solvent electrostatics (no protein–DNA contacts). 
There are a number of reports that nonspecific binding gives rise to negligible heat 
capacity change, which Sun et al. and others ascribe mainly to a small change in the 
hydrophobic contribution to the free energy. This, in turn, implies that there is little 
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change in the hydration of the protein upon binding. Thus, nonspecific binding may 
imply little contact with DNA, an inference that is at least partly supported by crystal 
structures. Nonspecific protein binding is known to have a stronger salt-concentration 
dependence, indicating that sequence nonspecific protein–DNA interactions are 
dominated by electrostatic forces. Sun et al. apply their modeling to the BamHI–
DNA complex. The authors argue that the nonspecific structure of the cocomplex, 
where just 1 bp was changed from the cognate target sequence, does not represent 
an electrostatic free energy minimum. To achieve the minimum energy state, the 
protein would need to be tilted relative to the DNA axis, and moved away from the 
DNA by ~15 Å. The authors calculated the effect of protein revolution on sliding and 
found that the protein would need to overcome a barrier of ~2.5 kcal/mol if it did 
not follow the helical pitch. This barrier would arise from the requirement of cross-
ing from one major groove to the next. The authors also calculated Coulombic 
interaction energies for charged residues interacting with DNA. Such interactions 
were predicted to contribute significant favorable free energies (7–11  kcal/mol), 
with some of the interactions over surprisingly large distances (up to 24 Å). The 
BamHI diffusion constant has recently been measured (Table 3.1), and it has been 
inferred that the protein rotates while sliding [31]. It would be interesting to test the 
prediction of Sun et  al. that the specific mutation E51K would affect the BamHI 
sliding rate [58].

MD simulations. Of all the levels of modeling, by far the most complete and 
detailed simulations are atomistic molecular dynamics (MD) simulations. We have 
already discussed some results from our simulations of the b clamp in the section 
on crystal structures. It is worth considering the feasibility of simulating the actual 
sliding of proteins on DNA using molecular dynamics (MD) simulations. Currently, 
state-of-the-art for MD simulations of roughly 100,000 atoms is on the order of 
100 ns. Unfortunately, for even the fastest reported diffusion rates (D = 3 × 10−12 m2/s), 
one could expect to observe only about 2 bp of displacement in 100 ns (Table 3.2). 
Given the flexibility of the DNA and the proteins, 2 bp of overall movement would 
be difficult to observe unambiguously. Nevertheless, in 500 ns simulations, clear 
displacements of roughly 5 bp should occur for this diffusion rate. We conclude that 
the direct observation of sliding on DNA by MD simulation should be feasible in 
the not-too-distant future.

3.4.4 � Proposed Molecular Models of Sliding

Here we briefly speculate on the molecular mechanisms of sliding. In addition to the 
previously mentioned “ice-skating” model of sliding, we propose two new models: 
the “inchworm” and “centipede” models. In the inchworm model the protein has two 
or more binding sites that independently bind the DNA and release it. If the position 
on the DNA can change between binding events, sliding can occur. In the centipede 
model the protein has many residues that can form attractive contacts to the DNA. 
The exchange of these residues can lead to overall movement on the DNA.
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Halford postulates that what looks like sliding occurs by the same mechanism as 
dissociation. “The transfer of the protein from one site to another 1 bp along the 
DNA is likely to be similar to that for the dissociation of the protein into free solu-
tion: both processes involve the same number of bond-breaking events between 
protein and DNA backbone. For example, a hydrogen bond between a particular 
functional group on the protein and another on the DNA cannot be maintained 
while the protein moves 1 bp along the DNA, as this movement, a 3.4 Å transloca-
tion and a 34 degree rotation, must extend the length of the hydrogen bond to 
beyond its breaking point” [59]. By this picture, all true sliding – as opposed to 
hopping – would be some form of “ice-skating” where no bonds persist, and any 
exchanging bonds are likely mediated by water molecules. This might be one 
mechanism of sliding. However, evidence from X-ray crystallography suggests that 
specific protein–DNA contacts may occur even when the two molecules interact 
nonspecifically. Thus, there are likely other mechanisms of sliding.

In fact, the picture of sliding as a series of dissociation events inadvertently sug-
gests that true sliding almost certainly requires flexibility, either as global confor-
mational changes (e.g., an “inchworm” model), or as local side chain rearrangements 
(e.g., a “centipede” model). Even hopping need not happen in a rigid, all-or-none 
fashion. Protein flexibility could allow the protein to peel off the DNA, much the 
way dsDNA can fray at the ends. The inchworm and centipede models both involve 
partial binding and unbinding events in the sliding mechanism.

In the inchworm model in addition to the requirement for separate binding sites, 
the protein must have internal flexibility to contract and extend so that binding and 
release events effect translation on the DNA. Note that the requirement for more 
than one binding sites is similar to what is required for intersegmental transfer 
(Fig. 3.1). Because intersegmental transfer may involve multimeric protein com-
plexes, each monomer of which can bind DNA, it is not clear if any of the known 
or suspected intersegmental transfer proteins can slide by the inchworm model. 
Two known examples are Oct-1 [60] and APOBEC3G, an antiviral restriction factor 
that acts on foreign single-stranded DNA [61]. Other candidates are the RecA pro-
tein and the single-strand binding protein, SSB. It would be interesting to investi-
gate whether any proteins that move by intersegmental transfer can also slide via 
the inchworm model. Perhaps this can be tested by attaching a pair of FRET labels 
to the protein and observing it move on stretched DNA where intersegmental trans-
fer is not possible.

In the centipede model the protein has many potential residue contacts with the 
DNA. As contacts randomly break and reform, the collective effect is a random 
walk of the protein on the DNA. Many attractive contacts would tend to promote 
cooperativity and should slow sliding. If, however, many residues are available to 
bind sites on the DNA (e.g., Lys and Arg residues that can bind phosphates on the 
DNA backbone), the competition may actually accelerate sliding. Thus, we call this 
variation of the centipede model a “cooperative/competitive” model of sliding. We 
propose this model for the DNA sliding clamps in the slow mode. Residues that 
may inhibit protein–DNA binding, such as the conserved, negatively charged resi-
dues of the b clamp, can also accelerate sliding.
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3.5 � Conclusion

Protein sliding on DNA has been shown to be of intense interest. Experimental 
methods and theoretical treatments are progressing rapidly toward a mechanistic 
understanding. The dynamics of protein sliding on DNA are challenging, yet clues 
are appearing as experimental and simulation methods and resources improve. 
Given this auspicious situation, it is anticipated that a bumper crop of testable 
hypotheses will soon emerge regarding all aspects of protein sliding on DNA.
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The topology of DNA plays an important role in the search of DNA binding 
proteins for their specific target site on the DNA molecule, this search process 
being at the heart of gene regulation. Connecting to recent single DNA measure-
ments, we provide evidence for the various mechanisms constituting the facilitated 
diffusion model, in particular, one-dimensional motion along the DNA chain and 
intersegmental jumps at points of close contact between chemically remote DNA 
chain segments, mediated by DNA looping.

4.1  �Introduction

Gene regulation in biological cells and viruses comprises the biochemical processes 
involved in turning the information stored in genes, coding regions on a DNA 
molecule, into the gene products, mostly proteins [1]. The regulation of a specific gene 
is often modulated by external or intracellular signals. Commonly these signals influ-
ence the binding of certain DNA-binding proteins, so-called transcription factors, to a 
specific binding, or cognate, site close to the starting sequence of the related gene. The 
classical example for gene regulation by transcription factors is the regulation by Lac 
repressor in the lactose metabolism of bacteria: in absence of lactose the Lac repressor 
is specifically bound at the lacZ gene and prevents the biochemical reading out of the 
genetic information. When only lactose and no glucose are present the Lac repressor 
will not bind to the lacZ gene. Instead the catabolite activator protein (CAP) binds to 
the Lac operon: the gene becomes activated, starting production of lactose-digesting 
enzymes [2]. The binding of the transcription factor to its cognate site necessitates a 
successful search of this transcription factor for its cognate site. This search is purely 
stochastic, that is, based on diffusive processes. Originally this search was assumed to 
be based on pure three-dimensional diffusion until location of the cognate site.
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The diffusion control of such a search process was originally described by 
Smoluchowski [3]. Assume that we have a single reaction centre, located at r = 0 in a 
three-dimensional liquid environment. This “target” needs to be found by an ensemble of 
reactants, whose volume density is n(r,t). In Fig. 4.1, we sketch the diffusion path toward 
the reaction centre of one reactant. If we designate d

t
 as the diameter of the target and d

s
 

as the diameter of the reactant, we can view the reactant as a point particle and the target 
as having an effective diameter d

eff
 = d

s
 + d

t
. Assuming that the reaction takes place on 

encounter of the reactant with the target, Smoluchowski’s result for the resulting reaction 
rate can be understood from the solution of the radially symmetric diffusion equation, 

	
∂ ∂ ∂ =  ∂ ∂ ∂ 

2
3d 2

1n n
D r

t r rr
	 (4.1)

in the steady state, ∂n(r,t) / ∂t=0. For the reactant density n(r,t), we require that its 
value is n(r,t)=n

bulk
 far away from the target (i.e., for r → ∞), and that it vanishes on 

the surface of the target. D
3d

 is the diffusion constant of the reactants. This problem 
is solved by the steady state density 
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The rate constant for this reaction then follows from the stationary flux j
stat

 of reac-
tants onto the effective target surface, 4p(d

eff
/2)2, as 
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Fig. 4.1  Diffusion-controlled reaction scheme according to the Smoluchowski theory. The search-
ing molecule with diameter d

s
 diffuses in 3D to the target with diameter d

t
. We view the searcher as 

a point-like particle with diffusivity D
3d

 and the resting target with effective diameter d
eff 

= d
s
 + d

t
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which is exactly the Smoluchowski result [3]. Note that we normalised the reaction 
rate such that it becomes a rate constant. This approach is reasonable as typically 
the steady state is reached before the first particle actually arrives at the target 
(“rapid equilibrium”). The on-rate on

sk  has physical dimension = 3
on[ ] cm /s.sk

For a typical transcription factor diameter of 5 nm, by Stokes’ formula, we 
obtain µ≈ 2 2

3d 10 m /s.D  Since the transcription factor can only recognise its cog-
nate site if it is situated right on top of its specific recognition sequence, we assume 
a typical target site size of one base-pair corresponding to 0.3 nm.  Consequently 

≈ 8
on 10 / [(mol/l)· ]sk s  in biochemical units. Even though this number does not 

include the time for the binding of the transcription factor itself, it is much slower 
than some measured on rates: for the Lac repressor, for instance, ≈ 10

on 10 / [(mol/l)· ]k s  
was found [4], albeit under unphysiological conditions [5]. The Smoluchowski 
picture therefore cannot explain the stochastic process underlying the search of 
some transcription factors for their specific binding site.

Indeed, simple three-dimensional diffusion is not the full answer to the problem: 
the one-dimensional topology of the DNA chain, embedded in a three-dimensional 
environment, gives rise to additional stochastic search mechanisms. These are (1) 
one-dimensional diffusion along the DNA molecule, and (2) so-called intersegmental 
transfers across contact points of the DNA chain due to DNA looping. During an 
intersegmental transfer, the transcription factor is transiently bound to both DNA seg-
ments. This contrasts (3) intersegmental jumps between nearby DNA segments, 
which will be treated as a distinct class among the three-dimensional diffusive mecha-
nisms in the following discussion of the role of DNA topology and conformations on 
gene regulation. We focus on the case of dilute environments typically used in bio-
chemical experiments, such that we can treat the long DNA molecule as a polymer.

We proceed as follows. First, we review evidence for one-dimensional motion 
along the DNA and discuss the physical mechanism. We then discuss the influence of 
the full DNA topology and the search mechanisms that DNA coiling effects. We dis-
cuss intersegmental transfers, relating them to Lévy flights, and then intersegmental 
jumps based on recent results from single DNA molecule stretching experiments.

4.2  Nonspecific Binding and 1D Motion Along DNA

Given their specific function, DNA-binding proteins must recognise a specific 
(cognate) sequence of nucleotides among the megabases contained in the DNA. 
Without actually opening the double helix, the outside of the DNA can be read by 
proteins, as the edge of each base pair is exposed at the surface. These patterns are 
markedly different only in the major groove of the DNA, such that gene regulatory 
proteins generally bind to the major groove. Apart from single base pair pattern 
recognition, protein binding is sensitive to special surface features of a DNA 
region. In bacteria, typical DNA-binding proteins cover around 20 base pairs (Lac 
repressor: 21, CAP protein: 16; l repressor CI: 17) [1].

The binding free energy of proteins to DNA involves two contributions [6, 7]: (1) 
the (average) nonspecific binding free energy due to electrostatic interaction with the 
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DNA; and (2) additional binding free energy if the sequence of the binding site is 
sufficiently close to the best (perfectly matching) sequence. The transition from the 
nonspecific binding is supposed to occur via a conformational change of the regula-
tory protein from one conformation that permits close contact between the positive 
charges of the binding protein and the negatively charged DNA backbone to another 
that allows more sequence-dependent hydrogen bond formation [8]. This is sup-
ported by more recent structural studies: While in the nonspecific binding mode, the 
Lac repressor is bound to DNA in a rather loose and fuzzy way [9], it appears much 
more ordered in the specific mode. In fact, in the latter case the Lac repressor 
induces a bend in the DNA [10].1 In the specific binding case, the additional binding 
free energy can, to good approximation, be considered independent and additive. 
Indeed, compared to the specific binding sequence for the protein, each additional 
base-pair mismatch amounts to the loss of roughly 2 k

B
T ;2 the optimal value for the 

transition between best specific binding to the cognate site and nonspecific binding 
is approximately 16 k

B
T below the specific binding energy [13]. This is quite close 

to the value of 14 k
B
T found for the difference between specific and nonspecific 

binding for the l repressor in vivo, see [14] and cited literature therein.
The degree of nonspecific binding can become quite appreciable [15]. For 

instance, in l virus-infected E. coli cells, the nonspecific binding free energy of the 
repressor protein CI in vivo was estimated as 7 k

B
T, such that in a lysogenic state, 

approximately 90% of all repressor proteins are indeed nonspecifically bound [14]. 
A similar value was found for the Lac repressor [16]. Nonspecific binding keeps a 
binding protein close to the DNA for considerable times. While the exact mecha-
nism is not precisely known, this gives rise to an effective one-dimensional motion 
along the DNA chain. This 1D diffusion can be quantified by assigning a so-called 
sliding length: this is the typical length over which the 1D motion persists before 
dissociation of the protein. The bare sliding length can be relatively short, some 25 
bp has been measured [17]. However, once unbound from the DNA, a protein often 
rebinds immediately and continues the 1D motion along the DNA. The resulting 
effective sliding length before full detachment from the DNA can be of the order of 
hundreds of bps [17], and therefore strongly influence the search dynamics.

The existence of sliding motion can be shown by restriction enzymes, that need to 
keep their orientational direction between two successive binding sites [18]. On the 
single DNA molecule level, the 1D motion of single-stranded DNA binding proteins 
was demonstrated in an optical tweezer setup, revealing a one-dimensional diffusion 
constant −≈ × 9 2

1d 3.3 10 cm / sD  [19, 20]. Using fluorescently labelled binding pro-
teins, the diffusive motion of double-stranded DNA binding proteins along the 
stretched DNA chain was observed [21], finding values for D

1d
 of the order of 

10−10cm2∕s. A similar value was obtained in [22], in which 1D motion events could be 
distinguished from 3D excursions. Remarkably, 1D motion could also be observed 
in vivo for Lac repressor in an E. coli cell, reporting −≈ × 10 2

1d 4.6 10 cm / sD  [23].

1 Similar behaviour is reported for restriction enzymes such as BamHI and EcoRV. See, for 
example, [11, 12].
2 Here, − −≈ × ≈ ×16 241.38 10 erg/K 3.30 10 cal/KBk  is the Boltzmann constant, and T denotes abso-
lute temperature.
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4.3  The Facilitated Diffusion Model

Nonspecific binding and the effected one-dimensional motion along the DNA chain 
give rise to a competition between different stochastic mechanisms. This is essential 
as neither the three-dimensional volume search nor the one-dimensional sliding 
under the given physiological conditions in the cell are effective search mechanisms: 
one-dimensional search is very thorough and visits any point on the DNA on its path. 
However, in one dimension a random walker also frequently returns to previously 
visited sites. After some time, this one-dimensional search will oversample the DNA, 
that is, visit sites repeatedly. In fact, the number of sites visited by a one-dimensional 
random walker grows with the number n of steps like Ndist ( )n n, corresponding 
to the expansion of the width of the probability distribution [24]. In contrast, for a 
random walker progressing in three dimensions it is much more difficult to hit a small 
target, as discussed for the Smoluchowski model before. This can be anticipated from 
the fact that the fractal dimension of a Brownian trajectory is 2, and it is therefore 
unable to fully explore a three-dimensional volume. However, once fully unbound 
from the DNA, the searching protein can reattach to the DNA at an essentially uncor-
related site on the DNA. It is therefore advantageous that the protein intermittently 
relocates in three dimensions before resuming its one-dimensional search.

In Fig. 4.2, we sketch different search mechanisms of a protein for its specific 
target site (labelled O): apart from three-dimensional bulk excursions and 
one-dimensional sliding, if the protein has two sites for binding DNA it may also 
transfer directly from one location on the DNA to another, chemically distant seg-
ment, when both segments are close in the embedding space, due to looping of 
DNA. Similarly mediated by DNA looping, a transcription factor with only one 
DNA binding site may unbind from one DNA segment and immediately rebind to a 
remote DNA segment, a so-called intersegmental jump (see the discussion below).

kon

Bulk
excursion

DL

Sliding

Intersegmental
transfer

j(t)

koff
nbulk

Target
finding

DB

O

Fig. 4.2  Schematic drawing of the search mechanisms relevant in the effective Lévy flight limit
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4.3.1  The Effective Lévy Flight Limit

We may gain some insight into the consequences of the intersegmental transfer 
mechanism in an approximation to the search for very long chains, neglecting 
correlations between the unbinding position to the bulk of a transcription factor and 
its point of rebinding to the DNA. For transcription factors with small nonspecific 
binding and unbinding rates, its sliding length will be longer than the Kuhn length 
(twice the persistence length), and we can treat the DNA as an annealed, flexible 
polymer. From polymer theory, we know that the length  stored in a random loop 
of such a chain scales like [25] 

	 −  ( ) ,cp 	 (4.4)

where c is the critical exponent for the contact probability. For a chain in a good, 
dilute solvent c » 2.2, while for a Gaussian chain c = 3 / 2. As a transcription factor 
can use this contact between two DNA segments that are remotely measured along 
the DNA, but close by in the embedding space, to jump backwards and forwards 
along the chain, this gives rise to the effective jump length distribution λ −( ) | | cx x
[26]. Here, x is the one-dimensional coordinate measured along the DNA backbone.

Jump processes governed by a distribution λ − < < ( ) | | (1 3)cx x c  have diverg-
ing variance 〈 〉2x  and are called Lévy flights. The number of distinct visited sites 
for such a Lévy flight grows with the number of jumps n as −N 1/( 1)

dist ( ) cn n  as 
long as >c 2, and as ~_ n when c < 2, [24]. Lévy flights with 2 < c <3 therefore 
exhibit less oversampling than a one-dimensional random walker. For 1 < c < 2, 
their mixing is as efficient as three-dimensional volume diffusion. When we com-
bine all three mechanisms, one-dimensional search along the DNA, intersegmental 
transfers across DNA contact points, and three-dimensional diffusion, we see that 
the Lévy jumps reduce the necessity of decorrelating bulk excursions to arrive at an 
optimal search efficiency [26]. Having in mind a reduced bulk diffusivity effected 
by molecular crowding in vivo, we therefore see that intersegmental transfers, or 
the similar intersegmental jumps to be discussed below, may play an important role 
in the search process of binding proteins for their specific target.

4.4  Manipulating DNA Coiling

4.4.1  Experimental Strategy

The influence of the DNA configuration on the search rate of DNA binding proteins 
can indeed be probed experimentally by manipulation of a single DNA molecule 
[27]. As shown in Fig. 4.3, a dual optical tweezers setup is used to suspend a single 
DNA chain of length L = 6,538 base pairs (approximately 2.2mm). This DNA 
contains one specific binding site for EcoRV restriction enzymes, that were in 
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solution. After locating this site an EcoRV will cut the DNA double strand. 
Figure  4.4 details how the experiment is prepared. In step I, plastic beads are 
flushed into a multichannel flow cell, until eventually two beads are trapped in the 
foci of the two laser beams. These beads are coated with streptavidin. Then, DNA 
equipped with biotin at the extremities is flushed into the cell, and ultimately one 

Fig. 4.3  Dual optical tweezers setup. Suspended between two beads held in place by two optical 
tweezers, the DNA configuration can be deliberately manipulated from an almost completely 
stretched state to a totally relaxed configuration. At the midpoint of the DNA, a specific binding 
site for EcoRV enzymes is placed. EcoRV may diffuse in the volume, move along DNA, or per-
form intersegmental jumps as shown in Fig. 7

III: buffer

I: beads

II: DNA

IV: protein

Fig. 4.4  Preparation of the dual tweezers experiment. See text
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DNA chain attaches to the two beads in step II. Step III introduces a buffer solution. 
Finally, in step IV the EcoRV enzymes are introduced, by moving the DNA-
tweezers constructs quickly into the enzyme solution, defining the starting point for 
the actual experiment.

Every second, the DNA is briefly stretched by a force in the range of 5–10 pN, 
such that the stretching and subsequent relaxation of the DNA chain occurs on a 
time scale of approximately 25 ms, much shorter than the separation between 
successive stretching events. As long as the DNA remains intact the stretching leads 
to a response force by the chain. Once cut this resistance vanishes. Thus, this 
method allows us to measure the cleavage time of DNA with a 1-s resolution.

After each stretching event the two trapped beads resume a given preset distance 
from each other. This distance is varied throughout the experiment, allowing us to 
probe the influence of the degree of DNA coiling on the search efficiency of the 
restriction enzymes. As shown in Fig. 4.5, we reach three distinct regimes. When 
the trapped beads are far apart from each other the suspended DNA is almost 

Fig. 4.5  Equilibrium configurations of the DNA chain in the dual tweezers setup. Reducing the 
distance between the tweezer beads causes the chain to change from an almost stretched configu-
ration to the maximally relaxed coil state, when the distance between the ends of the DNA mol-
ecule equals its natural gyration radius. Finally the beads are so close that the suspended DNA is 
squeezed out of the volume between the beads
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stretched. The experiment is repeated for different bead–bead distances, until we 
reach the maximally relaxed DNA configuration, that is, when the distance becomes 
comparable to the natural gyration radius of the free chain. The experiment is 
continued across this point, towards distances at which the DNA is expelled from 
the volume between the beads.

In Fig. 4.6, we show the measured cleavage rate as function of the fractional 
DNA extension, that is, the distance between the tweezer beads divided by the DNA 
length. For physiological salt corresponding to 100 mM NaCl, there occurs a pro-
nounced maximum at a fractional extension of around 0.24. This number corre-
sponds to the maximally random configuration when the DNA size is characterised 
by the gyration radius of the free DNA chain. The relative increase compared to the 
almost fully stretched configuration is significant, about 1.7 for the chain length in 
this experiment. Similar measurements were performed at different NaCl concen-
trations. Remarkably, the pronounced maximum seen in Fig. 4.6 is decreased 
significantly at lower NaCl concentration. Also, at 150 mM salt concentration the 
increase is strongly reduced (data not shown).

4.4.2  Theoretical Modelling

EcoRV restriction enzymes only possess one binding pocket for double-stranded 
DNA. The intersegmental transfer mechanism considered in the original Berg–von 
Hippel model therefore cannot occur. As we will see, however, a similar mecha-
nism may come into play when the DNA configuration is sufficiently relaxed. This 
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Fig. 4.6  Cleavage rate as function of the fractional extension of the DNA chain, for different salt 
conditions. Note the distinct maximum at 100 mM NaCl. For each salt concentration the rates are 
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is shown in Fig. 4.7, where we follow an EcoRV restriction enzyme moving along 
the DNA chain. The effective one-dimensional motion mediated by nonspecific 
binding combines sliding motion along the DNA and unbinding events followed 
by immediate rebinding. During its translocation along the DNA backbone, the 
DNA chain itself will move due to Brownian motion. This may induce looping and 
form a point of close contact between the location of the restriction enzyme and a 
remote (foreign) DNA segment. If the enzyme dissociates from the DNA it has a 
chance to be captured by the foreign segment. We call this mechanism interseg-
mental jumping. Quite similar to intersegmental transfers this mechanism increases 
the search efficiency in a way that strongly depends on the configuration of the 
DNA chain.

To capture in a quantitative description facilitated diffusion with intersegmental 
jumping, we consider the generalised diffusion equation [28] 
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(4.5)

for the line density n(x, t) of enzymes on the DNA, measured along the chemical 
coordinate x along the DNA chain. In (5), the first term on the right hand side rep-
resents the one-dimensional motion along the DNA with an effective diffusion 
constant D

1d
. The second term is the off rate for proteins unbinding from the DNA 

into the bulk after nonspecific binding. The third term is the flux of EcoRV restric-
tion enzymes to the specific binding site placed at x = 0. These enzymes are being 
removed by the incorporated d sink. The associated boundary condition reads n(x, t) 
= 0 at x = 0. The last term in (5) is a convolution that relates the unbinding from the 
DNA at position x¢ at time t¢, with the rebinding at x and t. This relocation is medi-
ated by the kernel W

bulk
 that will be considered below. Finally, G(x, t) denotes the 

virgin flux onto the DNA of enzymes, that have not been bound to DNA 
previously.

Similar to the derivation of the Smoluchowski result (3), we derive the steady 
state solution for the binding flux = ns

stat 1d eqj k n  from (5) [28]. Here, we denote by 
ns
eqn  the one-dimensional density of proteins on the DNA at nonspecific equilib-

rium, and 1dk  dyined through

	 π λ
−∞−

∞
=

+ −∫1
1d 2 ns

1d off bulk

1

2 (1 ( ))

dq
k

D q k q 	 (4.6)

is a rate constant for the target search on the DNA. We here introduced the Fourier 
transform l

bulk
(q) of the distribution l

bulk
(x) of relocation lengths mediated by bulk 

excursions. This quantity is defined in terms of the relocation kernel W
bulk

(x, t) as 
follows: 

	 λ
∞ −∞

∞
= ∫ ∫bulk bulk0

( ) ( , ).iqxq dt dxe W x t 	 (4.7)
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1

protein sliding/hopping

DNA Brownian motion

intersegmental jumping

2

3

Fig. 4.7  Schematic view of the intersegmental jump mechanism. In panel 1 an EcoRV enzyme is 
moving one-dimensionally along the DNA chain, mediated by sliding and hops, short-distance 
volume excursions with immediate rebinding. While the enzyme is close to the DNA, the chain 
itself may come in contact to a remote segment due to random looping, as shown in panel 2. After 
dissociation from the DNA, the enzyme has a relatively high chance to be captured by a remote 
(foreign) segment at the contact point, as sketched in panel 3
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The desired rate constant with respect to the bulk density of proteins away from 
the DNA chain is therefore 

	 = stat
on

bulk

.
j

k
n

	 (4.8)

4.4.2.1  Straight Rod Configuration

Let us first consider the case of a straight rod configuration of the DNA chain, 
corresponding to the top panel in Fig. 4.5. In this case, the relocation kernel W

bulk
(x, t) 

may be obtained from the cylindrical diffusion equation [28]. We can distinguish 
two limiting cases based on the nonspecific binding rate of enzymes with the DNA, 
k ns

on
, as defined by the equilibrium condition3 n

eq
nsk

off
ns=n

bulk
k

on
ns:

1.	 In the high diffusivity case k
on
nsD

3d
, the rate of nonspecific binding limits the 

binding of the enzymes: each enzyme after unbinding relocates by a long distance 
and becomes essentially uncorrelated from the previous binding spot. This 
effects the search rate 

	 = ns
on sl on2 .k l k 	 (4.9)

Thus, a protein that binds within the sliding length l
sl
 of the target site is able to 

locate the target. This sliding length is defined as 

	 = 1d
sl ns

off

.
D

l
k 	 (4.10)

2.	 Conversely, when k
on
nsD

3d
 the enzymes rebind quickly after unbinding from the 

DNA. This leads to frequent revisits to previously sampled sites (oversampling) 
and thus to a reduced target search rate compared to the expression given by (9). 
The asymptotic result becomes 

	 π eff eff 1/2
on 3d sl sl int~ 4 / [ln( / )] ,k D l l r 	 (4.11)

where r
int

 is the interaction distance between enzyme and DNA. We can define the 
effective sliding length 

	
π

=
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sl sl
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,
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D
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that can be interpreted as the regular sliding length renormalised by immediate 
rebinding events [29]. Result (11) is essentially equivalent to the Smoluchowski 

3 Note that the dimensions are those of a rate for [k
off
ns]=s−1, a line density [n

eq
ns]=cm−1, and a volume 

concentration [n
bulk

]=cm−3. Therefore, the nonspecific reaction rate has the dimension of a diffusivity, 
[k

n
 ns]=cm2/s.
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result, the target size being replaced by the effective sliding length, sometimes 
referred to as the antenna effect. We note that this approach leads to the same result 
as the original study by Berg and Ehrenberg [29].

4.4.2.2  Coiled DNA Configuration

While the mechanism of intersegmental jumping is quite intuitive, it is not that easy 
to actually calculate the relocation kernel W

bulk
 in this case. However, we can 

introduce a number of physically reasonable approximations to interpret the major 
effects. First, we treat the DNA chain as an array of locally straight segments whose 
length (Kuhn length) corresponds to two persistence lengths. With the density l

DNA
 

of DNA (with dimension of length per volume) around a given segment, we further-
more assume that we are in the dilute limit, and the typical distance 1 / DNAl  
between segments is much larger than the interaction radius r

int
 of DNA and search-

ing enzymes. We obtain the following form of the Fourier transform (q « x) of the 
relocation kernel, 
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The first term on the right-hand side stands for proteins that return to the original 
segment without being captured by foreign segments. Those captures occur with 
probability 1−P

surv
foreign(t) and are represented by the second term, in which the factor 

d
q,0

 is a result of the assumption that a capture by foreign DNA segments leads to a 
long relocation measured along the DNA contour. These captures by foreign 
segments are exactly the intersegmental jumps.

Extracting values of k
on

 numerically, one finds that the significance of the 
intersegmental jumps is small when the effective sliding length l

sl
eff is small in 

comparison to the typical distance between DNA segments: k
on

 will only be 
slightly larger than the corresponding value for a straight configuration of the 
DNA. However, the density of DNA segments l

DNA
 is in many situations enhanced 

compared with the density of a freely fluctuating semiflexible polymer. This 
enhancement can, for instance, be mediated by supercoiling, attraction between 
segments induced by multivalent ions, or compaction by various kinds of 
proteins.

4.4.2.3  Salt Effect

In a quantitative modelling it is not trivial to include the salt dependence, as 
many model parameters become affected. For low NaCl concentration, the 
experiment can be described in terms of a local DNA density obtained from the 
worm-like chain model for DNA with persistence length ℓ

p
 » 50 nm. At higher 
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NaCl concentrations and simultaneous presence of divalent Mg2+ ions [in our 
experiments 5 mM Mg2+ were used] attractive interactions between DNA seg-
ments arise [30, 31]. With reasonable values for this density the observed search 
rates can be explained, for details, see [27]. Since EcoRV has only one DNA 
binding site and therefore cannot perform intersegmental transfers, this experi-
ment is a direct proof for the existence of intersegmental jumps. We note that 
the increase of the search rate effected by intersegmental jumps should be fur-
ther pronounced when DNA is packaged, for instance, in a cell. A similar 
increase by a factor of 3–4 was in fact observed in supercoiled versus relaxed 
plasmids [32].

4.5  Conclusions

Our current understanding of the basic pathways of gene regulation to a large 
extent reaches back to the work of Lwoff on bacteriophage infection of E. coli. 
In his 1953 review article, Lwoff discusses how, after infection of the host cell, 
the viral DNA is silently replicated, until eventually it becomes active and leads 
to production of new viruses [33]. Culminating in the work of Berg and von 
Hippel, the microscopic stochastic basis of gene regulation, that is, the search of 
a transcription factor for its specific binding site on the DNA, could be under-
stood in terms of the facilitated diffusion model [6]. With modern single molecule 
tools, we are now able to look even more closely into the machinery of gene regu-
lation. Thus, we are able to follow single proteins on their pathway, and we can 
probe the individual mechanisms involved in the regulation process. Here, we 
focused on the active role played by the DNA molecule itself and showed that its 
configurational fluctuations assist the search of binding proteins for their specific 
target site.

In a living cell the situation changes drastically. Even in bacterial cells the DNA 
is compacted in the centre of the cell, while in eukaryotes the DNA is stored in a 
hierarchical array in the chromosomes. Moreover the cellular environment is all but 
dilute. Indeed the cell volume is occupied by larger biomolecules to volume frac-
tions around 40%. These features induce drastic effects to the dynamics of gene 
regulation. First, the three-dimensional motion of large biopolymers such as 
mRNAs becomes subdiffusive [34]. For typical binding proteins subdiffusion was 
also claimed [35, 36]. Even if on relevant time scales there is no subdiffusion, a 
non-negligible reduction of the bulk diffusivity may arise. Second, packaging and 
molecular crowding will limit the DNA mobility, and contact points become more 
permanent, and possibly more specific. Finally, the DNA is decorated with a mix-
ture of binding proteins, both specifically and nonspecifically bound, with interest-
ing effects on the one-dimensional motion along the chain [37]. It is a veritable 
challenge to come up with a new picture of in vivo gene regulation, and to under-
stand how systems with nanomolar concentrations of a certain transcription factor 
can be extremely stable.
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5.1 � Introduction

NF-kB is an inducible transcription factor that responds to diverse stress signals by 
regulating the expression of a large number of genes [29]. At the heart of its orches-
trating appropriate cellular responses to potentially toxic stimuli lies the ability of 
NF-kB to bind specifically and with high affinity to target DNA within the promoters 
of target genes. In this chapter, we review NF-kB binding to nucleic acids from the 
perspective of the wealth of structural information that is available on the subject.

5.2 � The Rel/NF-kB Family

NF-kB refers to a class of eukaryotic transcription factors formed through the 
combinatorial assembly of five polypeptide subunits into homo- or heterodimers. 
The founding member of the NF-kB family subunits is c-Rel, which was discovered 
in 1984 as a proto-oncogene [79]. Its oncogenic version, v-Rel, is encoded by the 
reticuloendotheliosis virus strain T (Rev-T) as a recombination product of the avian 
c-rel gene and Rev-A [7, 30, 79]. In v-Rel, 2 N-terminal and 118 C-terminal resi-
dues of c-Rel are replaced by viral Envelope-derived residues. Thus, v-Rel is an 
Env-Rel-Env fusion protein, which is constitutively expressed, resides in the 
nucleus of infected cells, and confers a distinct gene expression program. Consequently, 
Rev-T expression of v-Rel causes severe lymphomas and transforms fibroblasts 
[4, 54]. The discovery and cloning of the Drosophila developmental factor Dorsal 
revealed it to be a protein that shares significant N-terminal sequence homology 
with c-Rel and v-Rel [73, 74, 79]. Within a few years of these initial discoveries a 
constitutively active nuclear transcription factor was identified that was found to 
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bind with specificity to a 10 bp DNA element within the intronic enhancer of the 
immunoglobulin kappa light chain gene in B cells [70, 72]. The factor was conse-
quently named nuclear factor kappa B (NF-kB) and the DNA element that it recog-
nized was dubbed the kB site.

Shortly after its initial discovery it was determined that NF-kB is, in fact, present 
in all cells. However, and in spite of its original discovery in the nucleus of mature 
B cells, NF-kB was found to reside predominantly in an inactive state within the 
cytoplasm of resting cells [69]. This inactive NF-kB was purified and shown to be 
a trimeric complex consisting of an inhibitor protein, referred to as the inhibitor of 
kappaB binding (IkB), and an NF-kB heterodimer composed of 50 and 65 kDa 
polypeptides. Treatment of the inactive trimer with the mild detergent deoxycholate 
was shown to cause dissociation of the inhibitor protein, indicating that it binds 
NF-kB noncovalently, and convert NF-kB into its active state capable of kB DNA 
binding [1]. Analysis of the cDNAs encoding the two NF-kB subunits revealed that 
p50 and p65 (also called RelA) bear homology not only to one another, but also to 
v-Rel, c-Rel, and Dorsal. The N-terminal portion of approximately 300 amino acid 
residues in length that is conserved within each of these polypeptides is referred to 
as the Rel homology region (RHR) [6, 26, 39, 52, 59, 64]. Two additional polypep-
tides, RelB and p52, were subsequently discovered to contain an N-terminal RHR 
[5, 51, 65, 67]. Together, RelA, RelB, c-Rel, p50, and p52 constitute the entire 
mammalian family of NF-kB subunits (Fig. 5.1). During cloning of the p50 and p52 

Fig.  5.1  Domain organization schematic of the mammalian NF-kB family subunits. The Rel 
homology region (RHR) consists of two folded domains referred to as the N-terminal domain 
(NTD) and dimerization domain (DD), which are linked by a short flexible linker. A nuclear 
localization signal (NLS) is located at the extreme C-terminus of the RHR. C-terminal to the RHR 
in RelA, RelB, and c-Rel is a transcription activation domain (TAD). The p50 and p52 subunits 
lack inherent transcriptional activation potential and contain a glycine-rich region (GRR) 
C-terminal to the RHR. RelB is unique in that it contains a short leucine zipper motif (LZ) 
N-terminal to the RHR. Amino acid numbering is taken from the mouse sequences
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polypeptides it was discovered that these two subunits represent the mature 
processed products of the p105 and p100 precursor proteins, respectively. The 
immature precursors contain p50 or p52 within their N-termini while their 
C-terminal regions display homology to IkB [2].

The first three-dimensional structures of the RHR were produced by X-ray 
crystallography of a homodimer of NF-kB p50 subunits bound to two related kB 
DNA variants. These analyses revealed that the RHR is composed of two immu-
noglobulin-like folded domains (Fig.  5.2). The N-terminal domain is approxi-
mately 200 residues in length and is primarily responsible for sequence specific 
binding to kB DNA [25, 55]. The C-terminal dimerization domain is around 100 
residues in length and is responsible for subunit dimerization. Several basic resi-
dues from the dimerization domain also contact kB DNA in a nonspecific man-
ner. A short linker of roughly 10 residues in length connects the two domains. 

Fig. 5.2  A ribbon diagram representation of the folded structure of RHR. A single NF-kB p50 
subunit RHR is depicted in its DNA-bound conformation. The individual domains are labeled as 
well as the linker, NLS, and the N- and C- termini. The amino acid sequences from portions of the 
molecule discussed in the text are given in single letter code on the left. The positions of amino 
acids that make DNA base-specific contacts with kB DNA are indicated as red spheres in the 
structure. The corresponding amino acids are also highlighted in red
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The linker contributes one basic residue that makes critical base-specific contacts. 
It also affords significant motion of the two folded domains relative to one 
another. Beyond the C-terminal dimerization domain lies 10–20 additional residues 
that are mostly disordered when the RHR adopts its DNA-bound conformation. 
Embedded within this flexible polypeptide segment is a type I nuclear localiza-
tion signal (NLS). Consequently, this region is critical for migration of NF-kB 
from the cytoplasm to the nucleus. Furthermore, it has been shown that the 
nuclear localization signal-containing segment is important for NF-kB binding to 
inhibitor IkB proteins [37, 47].

5.3 � NF-kB Dimerization

NF-kB dimers are formed through symmetrical interactions between one beta-sheet 
from each of the C-terminal immunoglobulin-like dimerization domains of the 
complex. X-ray crystal structures for the dimerization interface of several NF-kB 
dimers are known and, with the exception of the RelB homodimer, they all exhibit 
a similar architecture (Fig.  5.3). Up to 12 residues from each subunit contribute 
directly to formation of the dimer interface. Dimerization of the NF-kB p50 
homodimer has been studied extensively by combined site-directed mutagenesis 
and biophysical characterization [17, 28, 71]. These experiments indicate that only 
a few of the amino acids at the interface contribute energetically, while others are 
either regulatory or do not affect dimer stability. Tyr267, Leu269, Ala308, and 
Val310 (throughout this review we will use murine p50 numbering) form a hydro-
phobic core, which constitutes the hot spot of the interface. Mutations of Tyr, Leu, 
and Val to alanine significantly weaken p50 homodimer stability. The methyl group 
side chain of Ala307 fits neatly into this core and larger side chains cannot be 
accommodated. There are at least two residues at the interface, Asp254 and Phe307, 
that function to discriminate binding partner selection. The side chain of Asp254 
symmetrically opposes another Asp254 from its dimer-forming p50 subunit partner 
in an interaction that is unfavorable (Fig. 5.3b, top). The substitution of Asp254 
with Asn200 in the NF-kB RelA subunit allows for a perfect hydrogen bond to 
form at the dimer interface of the p50:RelA heterodimer. This serves to explain, at 
least in part, why the NF-kB p50:RelA heterodimer forms with greater stability 
than does the p50:p50 homodimer. Similarly, Phe307 slightly destabilizes the 
p50:p50 homodimer as evidenced by the fact that its mutation to Ala yields a more 
stable p50:p50 homodimer. This Phe307 position is substituted to Val in RelA and 
c-Rel. The bulky and branched side chains maintain a suboptimal distance between 
subunits weakening the overall dimer stability.

The dimerization domain of RelB forms a domain-swapped homodimer in vitro 
(Fig.  5.3) [35]. Surprisingly, all the critical dimer-forming residues in RelB are 
either identical or homologous to other family members. Therefore, it is difficult to 
rationalize by simple observation alone just why the interfacial residues in the RelB 
homodimer do not adopt the same side-by-side dimerization architecture exhibited 
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by the other NF-kB dimers. One possibility is that residues outside of the dimer 
interface indirectly play a role in guiding the proper formation of NF-kB dimers. 
Indeed, we have observed that the folding stability of the RelB dimerization domain 
as well as the N-terminal immunoglobulin-like domain is low, leading to rapid 
degradation of the entire protein in cells. RelB preferentially forms heterodimers 
with p50 and p52 in vivo. Both RelB:p50 and RelB:p52 exist as regular side-by-
side dimers and their interactions at the dimer interface are conserved. These obser-
vations suggest that energy gained from proper interactions at the interface also 
helps stabilize folding of the RelB dimerization domain [22, 53]. Consistent with 
this domain stability model of side-by-side dimerization, specific mutations at the 
p50:p50 dimer interface aimed at disrupting dimerization resulted in a domain-
swapped dimer [15].

Fig. 5.3  The NF-kB dimer interface. (a) On the left is depicted an overall view of the NF-kB 
p50:p50 homodimer DD as a ribbon diagram. The individual beta-strands are labeled (a–g’) and 
the amino- and carboxy-termini are labeled (N and C, respectively). On the right in ball-and-stick 
representation are shown the amino acid residues that participate in inter-subunit hydrogen bond 
contacts at the dimer interface. Dotted lines denote individual hydrogen bonds. (b) The left panel 
contains a ribbon diagram representation of the RelB homodimer DD. The two identical inter-
twined RelB subunits are represented in orange and grey. On the right is depicted the same 
segment of the open interface of the intertwined RelB dimer is shown as in p50. Note the absence 
of hydrogen bonds at the RelB:RelB dimer interface
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Taken together these structural observations suggest that domain folding stability 
plays an important role in NF-kB dimerization. Interestingly, the RelB homodimer 
is not observed in vivo as it degrades rapidly [48]. This further supports the idea that 
the RelB domain fold is unstable and that in the absence of p50 or p52 binding part-
ners it undergoes rapid degradation by cellular proteases. Consistent with this notion, 
investigators have identified several mutations in other NF-kB subunits that result in 
their failure to participate in direct interactions across the dimer interface. For 
example, mutation of Cys216 to Ala destabilizes RelA homodimer formation [23]. 
The cysteine residue projects into the core of the RelA dimerization domain and its 
mutation to alanine may destabilize RelA folding altering dynamics and, hence, 
interactions at the subunit interface [32]. Similar roles for noninterfacial residues in 
the modulation of NF-kB dimerization have been reported for v-Rel and RelB [46, 
57, 66]. One report showed that RelB and RelA form a heterodimer only when RelA 
is phosphorylated at Ser276 [49]. This serine is part of a surface loop bf-bg that lies 
outside of the dimer interface (Fig.  5.3). Therefore, phosphorylation must work 
indirectly to enhance the RelB:RelA heterodimer formation. In conclusion, NF-kB 
subunits display differential preferences for dimerization among the family members 
and the selection of dimerization partner is dictated by amino acid positions both at 
the dimer interface and outside of it. The physiological consequences of dimer for-
mation selectivity are that some NF-kB dimers, such as the p50:RelA heterodimer, 
are more abundant in cells while others, such as the RelB:RelB homodimer, are not 
observed at all or form only under specialized conditions. As we continue to discuss 
below, the various NF-kB homo- and heterodimers also select for slightly different 
kB DNA target sequences.

5.4 � kB DNA Response Elements

NF-kB dimers are DNA-binding transcription factors that recognize DNA with 
sequence specificity [69, 72]. One of the surprises at the time of its discovery was that 
the NF-kB DNA recognition element was short – only 10 bp long. Subsequent to its 
identification, the NF-kB binding site was found to be included in genomes of several 
animal viruses, such as human immunodeficiency virus (HIV-1), SV40, and cytomega-
lovirus (CMV), as well as located within the promoters of multiple human and mouse 
genes, such as the MHC class I and interleukin-6 [36, 42–44]. Comparison of these 
sequences led to the identification of a consensus element for NF-kB binding. The criti-
cal feature of this consensus is the presence of a 5′-GG at both ends while the central 
part of the sequence displays greater variation. Now, 20 years since the first report of 
the consensus NF-kB binding site and after the discovery of hundreds of its variants, 
the consensus sequence for NF-kB binding remains: 5′-GGGRNWYYCC-3′, where 
R = A or G; N = A, C, G, or T; W = A or T; and Y = C or T (Table 5.1). All NF-kB binding 
sequences that in principle follow this consensus are known as kB sites or kB DNA.

The expression of several hundred genes is now known to be regulated by 
NF-kB and the ability of the kB DNA sites within these genes to drive transcription 
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has been confirmed experimentally. All NF-kB target genes contain at least one kB 
DNA site within their promoters. Most often these sequences are found within 
500 bp upstream of the transcription start site. However, in a few cases the kB sites 
are located several kbp up- or downstream. Identification of the kB DNA sites that 
drive transcription of some chemokine genes such as ICAM, IL-8, and GM-CSF 
clearly revealed a shortened kB site. In these cases, one 5′-G is absent leading to 
identification of a new kB DNA subclass with the 9  bp consensus: 
5′-HGGRNWYYCC-3′ (H = A, C, or T) (Table 5.1c). Finally, a few of the func-
tional kB sites contain an extra C (underlined) at the 3′ end resulting in an 11 bp 
consensus: 5′-GGGRNWYYCCC-3′. The significance of an absent 5′-G or addi-
tional 3′-C was not originally obvious. With very few exceptions, kB DNA sites are 
nonsymmetric. Interestingly, many of these asymmetric kB DNA sites are known 
targets of NF-kB homodimers rather than heterodimers in vivo.

Table 5.1  A short list of kB DNA sites recognized by NF-kB dimers

(a) kB sites preferably bound by the NF-kB heterodimers with p50 or p52 as one of the subunits. 
Consensus sequence is at the top
(b) kB sites preferably bound by p50 and p52 homxodimers
(c) kB sites bound by RelA and c-Rel homodimers
(d) kB sites showing only half site specificity. The ideal half sites are marked by highlighting the 
signature G nucleotides in color. The nonideal half sites are marked by highlighting disallowed bp 
at position +3 in color
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5.5 � NF-kB-DNA Recognition

A detailed molecular understanding of the NF-kB:DNA recognition mechanism 
began with the elucidation of first X-ray structures of NF-kB p50:p50 RHR homodi-
mer complexes to two different kB sites [25, 55]. Subsequently, structures of six 
other NF-kB dimers (p52:p52, p50:RelA, p50:RelB, p52:RelB, RelA:RelA, and 
cRel:cRel) bound to nine different kB sites have been reported [3, 11–14, 16, 20, 22, 
31, 53]. Together these structures have provided a wealth of information on DNA 
recognition strategies employed by various NF-kB dimers (Fig.  5.4). In general, 
each kB DNA is recognized as two half sites and each monomer within a functional 
NF-kB dimer confines itself to only one of the two DNA half sites in terms of 
sequence-specific contacts with DNA bases. However, each monomer also reaches 
across to the other half site and participates in nonspecific contacts with the DNA 
backbone. In addition, nonspecific contacts extend beyond the length of the target 
site by at least three more bp on either side. Thus, despite its 10 bp consensus bind-
ing sequence, the NF-kB p50:RelA heterodimer contacts a 16  bp long DNA 
sequence of which the central 10 bp it binds with sequence specificity. The central 
bp within any kB DNA site, which does not participate in any specific contact 
with the protein, coincides with the pseudo-dyad axis of the protein and separates 
the two half sites resulting in pseudo-symmetric DNA targets. For the originally 
described 10 bp kB sites this central bp asymmetrically divides 5- and 4-bp half sites. 

Fig. 5.4  The X-ray structure of NF-kB p50:RelA heterodimer bound to a kB DNA. (a) Overall 
structure of the heterodimer bound to DNA. The structure is oriented with a pseudo-twofold sym-
metry axis running vertically in the plane of the page. This positions the DNA such that it is 
viewed down its long axis. The DNA double helix is shown as a space-filling model with its two 
strands in cyan and magenta while the p50:RelA heterodimer is depicted as a ribbon diagram with 
the subunits colored green and yellow, respectively. (b) On the top is shown a close-up view of the 
detailed hydrogen bonding contacts between DNA and p50 subunit (left) and RelA subunit (right). 
On the bottom is a schematic representation of the original kB DNA site and the base contacts 
made by p50 residues at the 5′-half site and RelA residues at the 3′-half site. The bases are num-
bered and the central bp is assigned the number 0. Amino acid residues that make direct hydrogen 
bonds with DNA are colored dark blue
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The  NF-kB p50 and p52 subunits in most heterodimers such as p50:RelA  or 
p52:RelA occupy the 5-bp half sites while the remaining subunit (RelA, RelB, or 
c-Rel) of the dimer binds the 4-bp half site. On the other hand, NF-kB homodimers 
of either p50 and p52 subunits ideally recognize a 11-bp kB site wherein a central 
bp separates two 5 bp half sites (Table 5.1b). It follows then that NF-kB homodimers 
of RelA, c-Rel, and RelB recognize 9 bp kB sites composed of two 4 bp half sites 
divided by the central bp (Table 5.1c). Although 10 bp kB sites predominate in cells, 
these 11 and 9 bp kB sites also exist and function as the preferred sites for NF-kB 
homodimer binding as predicted by the structural analyses.

5.5.1 � Recognition at the 5′-GG Elements

A constellation of conserved amino acid residues from within structured loops that 
connect elements of secondary structure directly contact bases within kB DNA. In 
p50 (murine) these residues are Arg54, Arg56, Tyr57, Glu60, His64, and Lys241 
(Fig. 5.4b). The first five residues derive from loop L1 of the N-terminal domain, 
whereas Lys241 lies within the interdomain linker (loop L3) (Fig. 5.1). The two Arg, 
the Tyr, and the Glu are invariant in all NF-kB subunits. His64 directly contacts the 
G:C bp at position ±5. The substitution of Ala in c-Rel, RelA, and RelB at the posi-
tion homologous to His64 in p50 and p52 gives rise to the differences in half site 
length observed by these two classes of NF-kB subunits as the Ala cannot compen-
sate for the loss of this base-specific contact. The G:C at position ±4 is contacted by 
one of the two invariant arginines (Arg56 in murine p50) from loop L1, whereas the 
second arginine contacts the G:C bp at position ±3. The invariant glutamate contacts 
the paired C at this position. This G:C bp contact by the Arg–Glu pair is a conserved 
feature in all NF-kB:DNA complexes. Recognition of both nucleotides at this posi-
tion suggests a more important role of the G:C bp at position ±3 than the G:C bp at 
the ±5 and ±4 positions. Mutation of this G:C bp to any other bp (C:G, A:T, and 
T:A) dramatically affects DNA binding affinity.

Structural comparison of loop L1 of p50 in three distinct states – kB DNA 
bound, RNA aptamer bound (discussed later), and unbound – reveals its important 
characteristics. The C-terminal portion of the loop is flexible and can contact the 
DNA backbone of nucleotides flanking the kB sequence. The N-terminal portion 
of this loop contributes all of the DNA base-contacting residues mentioned and 
above appears to be rigidly structured. The stability of this segment of the loop is 
illustrated by its nearly identical conformations in the three ligand-bound states of 
p50. Moreover, the same region of loop L1 exhibits similar conformations in each 
of the other NF-kB subunits that have been studied crystallographically. Conserved 
hydrophobic amino acids within this loop are positioned toward the core of the 
N-terminal domain. This stabilizes the loop in a rigid conformation that projects 
DNA-contacting residues into an arrangement that is ideal for hydrogen bonding 
with nucleic acid bases. Furthermore, some of these DNA-contacting residues 
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contact one another further stabilizing the loop L1 conformation and allowing them 
all to act as a unit. In p50, Glu60 bridges Arg54 and Arg56 as together they contact 
DNA as a unit. In RelA and c-Rel, a similar Glu brings together one of the two Arg 
residues form the loop L1 and the Arg from the interdomain linker. These coopera-
tive interactions between the amino acids side chains not only maintain a properly 
oriented conformation of the functional groups primed to contact DNA but also 
contribute to differential base pair selectivity.

Another important difference between p50 and p52 and the remaining NF-kB 
subunits within loop L1 is a tripeptide segment bracketed by two glycines (Fig. 5.2). 
In p50 and p52 the sequence of the tripeptide is Pro–Ser–His. The last residue is 
His64 that was previously described to directly contact the G nucleotide base at the 
±5 position. The analogous tripeptide sequence in RelA, RelB, and c-Rel is Arg–
Ser–Ala. The presence of an Arg within this short element gives these subunits the 
potential to make additional direct base-specific contacts with DNA. Indeed, in the 
structure of the NF-kB p52:RelB heterodimer in complex with DNA the RelB sub-
unit employs this Arg to contact a G:C bp at the +5 position. Intriguingly, in other 
structures the Ser of this tripeptide has been found to make contact with the G at 
the –5 position. Therefore, RelA, c-Rel, and RelB are, in fact, capable of directly 
contacting a 5-bp half site. However, the contacts mediated by Arg–Ser–Ala are not 
so stable as those mediated by the Pro–Ser–His of p50 or p52. This suggests that 
the His64-mediated contact by p50 and p52 is preferred to contacts by Arg or Ser 
for the same base. It is likely that conformational restriction imposed by Pro62 in 
p50 primes His64 for optimal binding of +5 G bases.

5.5.2 � Recognition at the Inner Variable Positions

Base pairs at positions ±2 and ±1 in kB DNA exhibit more variability than do the 
more peripheral bases. A semiconserved Arg residue from loop L3 (the interdomain 
linker loop), present only in RelA and c-Rel, contacts the T of the opposite stand 
of an A:T bp at position +2. A Lys residue (Lys241) present in p50 and p52 can 
interact with both T of the A:T bp or a G of the G:C bp at the same position. This 
is due to greater flexibility and charge density of the e-amino group of the Lys side 
chain as compared to the guanidino group of the Arg. Base pairs at position ±1 in 
kB DNA do not participate in any hydrogen bonding contacts in the cases of RelA 
and c-Rel. In the cases of p50 and p52 the linker Lys can mediate contacts at this 
position depending on the DNA sequence. The residue corresponding to this L3 
Arg in RelA and c-Rel is Lys274 in RelB. Interestingly, this Lys does not contact 
DNA but projects inward to make an ion pair with Asp272 (Fig. 5.5). It is possible 
that this explains why RelB might tolerate greater kB DNA sequence diversity at 
the inner positions.

The ±1 bp does appear to play a role in stacking interactions with the invariant 
Tyr (Tyr57 in murine p50 and Tyr36 in murine RelA) of loop L1 (Fig. 5.6a). Indeed, 
the phenolic ring of the tyrosine residue makes stacking interactions with bases at 
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both ±1 and ±2 of the same strand. This stacking is favored by the presence of 
two successive thymines (TT) where their exocyclic five-methyl groups favor the 
interaction. Although a Phe at the same position could substitute for Tyr and main-
tain stacking interactions, Tyr also participates in hydrogen bonds through its 
hydroxyl group making it an absolutely required residue for DNA recognition. 
Either two C bases or any combination of T and C can also be accommodated at 
these positions and an A or G at either position is unfavorable. The critical role 
played by this invariant Tyr that stacks against the inner core residues is illustrated 
by the overrepresentation of the sequence AAATT or AATTT at the central five 
positions of the 9-bp kB sequences recognized by RelA and c-Rel homodimers. 
Narrowing of the minor groove within the center of the kB DNA is observed in all 
NF-kB:DNA complexes and appears to be a result of the squeeze experienced by 
both strands of DNA due to Tyr stacking on both sides at this region. Furthermore, 
van der Waals contacts at the center of the DNA may influence the conformation of 
the flanking bp. The side chain of the conserved Tyr57 in murine p50 is held tightly 
through van der Waals stacking interactions with a Phe, which in turn is held in a 
stable conformation through a “ring stack” that runs through the core of the NTD 
(Fig. 5.6b). In all NF-kB subunits a similar stack of amino acid side chains posi-
tions the homologous Tyr such that is poised to add one ring to the stack by prop-
erly positioning itself upon DNA bases at ±1 and ±2 positions. Finally, in addition 
to favorable contacts between the Tyr and the TT dinucleotide, an AT bp at the 
central position (position 0) may also favor protein–DNA recognition.

Fig.  5.5  kB DNA recognition by the NF-kB p52:RelB heterodimer. (a) A ribbon diagram 
representation of the X-ray structure of the p52:RelB heterodimer bound to a kB DNA 
(5′-CGGGAATTCCC-3′). The DNA is represented by space-filling model with strands colored 
green and yellow. (b) Superposition of the dimerization domains of p50 (green) and RelB (red) 
illustrates the conformational differences of the linker regions (Loop 3) between the two subunits. 
Lys274 (K274) of RelB is oriented differently than the corresponding Lys residue (K241) of p50. 
Consequently, Lys274 of RelB is not involved in DNA contact
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5.5.3 � The Role of Protein–Protein Interactions in Stabilizing 
NF-kB:DNA Complexes

Intra- and intermolecular protein–protein interactions distal from the protein: 
DNA interface can drastically affect binding affinity of the complex. Both protein:DNA 
interfacial and protein–protein interactions are interrelated, and could be affected by 
the DNA conformation. One illustration of this point is the bf-bg loop of the NF-kB 
dimerization domain, which projects toward kB DNA but does not directly contact it. 
Two conserved acidic residues (Asp267 and Glu269 in chicken c-Rel) are located 
within this loop and reside near the DNA in the c-Rel:IL2-CDRE complex. These 
residues would be expected to repel DNA and weaken binding [31]. A conserved Arg 
of loop L1 that precedes the two DNA-contacting Arg residues is observed to directly 
contact these two acidic residues in the X-ray crystal structure. These intrasubunit 
protein–protein contacts augment DNA binding in two ways: through neutralization 
of negative change, and by holding the DNA-contacting residues in place. This bf-bg 
loop is a particularly intriguing example of a distal modifier of DNA binding because 
it also contains two basic residues (Fig. 5.2). Mutation of either of these dramatically 

Fig.  5.6  Protein–DNA recognition at the central region of kB DNA. (a) The stacking of Y57 
(p50) to T–1 and T–2, and Y36 (RelA) to the T+1 and T+2 are shown. DNA and protein side 
chains are shown as ball-and-stick models within van der Waals spheres. The two DNA strands are 
colored orange and cyan. Coordinates from the NF-kB p50–RelA heterodimer complexed to an 
IFN-kB site were used to make this figure. (b) Conformational stability of Y57 and Y36 is main-
tained through series of amino acid side chain stacking interactions through the NTD. (c) Structural 
differences of the DNA backbone in its NF-kB bound (magenta) and unbound (green) states are 
depicted. The curvature of the B-DNA helical axis is also shown as a thin line down the center of 
the DNA double helix. The sequence of kB-33 DNA is 5′-GGAAATTTCC-3′
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reduces DNA-binding affinity [18, 66]. More importantly, the bf-bg loop contains a 
critical serine, which in RelA has been shown to be extremely important for gene 
regulation. Cells expressing RelA bearing the Ser276Ala mutant show dramatically 
reduced transcriptional activity. This serine has been shown to undergo phosphorylation 
by the cAMP-dependent protein kinase (PKA) and its posttranslational modification 
is essential for RelA transcriptional activity [18, 62, 78, 82]. Although the RelA 
Ser276Ala appears to bind DNA, defects in DNA affinity cannot be completely ruled 
out in light of the importance of other residues in the same loop in the protein:DNA 
complex formation.

5.6 � Structural Features of Unbound kB DNA

One of the most fascinating regulatory aspects of protein–DNA recognition 
involves “invisible” differences in stability of specific DNA base pairs. Local DNA 
sequence differences can affect the orientation of amino acid residues at the 
protein–DNA interface resulting in differential binding affinity and/or overall con-
formation of the complex. For instance, dynamics of the TA base step is different 
than the AA base step. The effect of these subtle DNA dynamic and conformational 
differences is often difficult to measure accurately. However, it can be inferred by 
measuring differences in affinity and/or kinetics of binding in solution, and possibly 
through the elucidation of structures of complexes with mutant DNA.

Although the dynamics of DNA due to a TA base step might be essential for 
specific recognition in some protein:DNA complexes, the TA base step is rarely 
observed in kB sequences. Although both GGAATTTCC and GGAAATTCC 
sequences are optimum targets for the RelA or c-Rel homodimers from the stand-
point of hydrogen bonding contacts, the GGAATATCC sequence is not an ideal kB 
sequence, though it potentially could accommodate all of the same favorable 
hydrogen bonding interactions. This is likely for two reasons: first, the stable 
stacking interaction between tyrosine and thymine described above is not possible 
and second, the TA step is expected to induce dynamics of the neighboring bp 
resulting in reduced binding affinity. The presence of a G:C or C:G bp at the central 
position is fairly uncommon among kB sites although this position does not directly 
contact protein. A G:C or C:G bp could also potentially affect the conformation/
dynamics of the neighboring sites. For instance, the narrow width of the minor 
groove at the center, an universal feature of A:T/T:A centered kB sites observed to 
date might be difficult to achieve with a G:C/C:G bp at the center.

The X-ray structure of a free kB DNA allowed for comparison of the structural 
transitions of the same DNA upon binding to a RelA:RelA homodimer [33] 
(Fig. 5.6c). The sequence of the central part of the DNA was identical to another DNA 
sequence whose X-ray structure is available [19]. The features of the central AAATTT 
sequence in both DNA are similar with a small roll angle and consequently these 
DNA are closer to ideal B form. RelA induces a smooth bending around the central 
AT-rich sequence [12, 13]. Moreover, the free kB DNA exhibits a wider minor grove 
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and deeper major groove. NF-kB binding results in narrowing of the minor groove 
and widening of the major groove where direct protein contacts are observed.

NMR analysis of both wild-type and mutant HIV kB DNA sequences showed 
some key differences in their conformations. Although the base changes were intro-
duced at the 5′-junction in the mutant kB, differences in conformation within the 
kB core were observed. Whereas, the phosphates at the boundary between the 
5′-end of the wild-type HIV kB site and flanking sequence existed in a BI–BII 
equilibrium, the same phosphates in the mutant kB site exclusively exhibited the BI 
conformation [76]. Interestingly, the same phosphates in the X-ray structure of free 
kB DNA showed BII conformation. These mutant HIV kB DNA used in the NMR 
studies showed reduced NF-kB binding suggesting that the flanking sequence 
negatively affects DNA binding by changing the preferred phosphate conformation 
to BII whereas NF-kB preferentially binds to DNA with phosphates in the BI con-
formation [75, 76].

Molecular dynamics simulations of the IL-2 kB (AGAAATTCC) site embedded 
within a 22-mer duplex DNA over a 1-ms time scale has revealed striking structural 
transitions. [56]. At around 0.7 ms of simulation the central A:T bp becomes com-
pletely sheared and the bases undergo cross-stand stacking. This phenomenon leads 
to the flipping of neighboring thymine at position –1, leaving its paired adenine 
free. These structural changes might be linked to sequence. For example, interrup-
tion of an otherwise AT-rich central sequence by a G:C bp may not result in similar 
structural changes. In all, these studies on free kB DNA strongly suggest that 
sequence-dependent DNA conformations play a vital role in NF-kB recognition. 
Moreover, sequence variations in the flanking regions can also affect the conforma-
tion of the kB DNA in such a way that NF-kB binding affinity is altered. Consistent 
with this, we have observed that the overall conformations of all NF-kB:DNA 
complexes studied thus far exhibit unexpected differences.

5.7 � Biochemical Studies of NF-kB:DNA Complexes

Many kB DNA sites have been tested for their binding by two of the early identified 
dimers, p50:p50 and p50:RelA. Most of these early studies used electrophoretic 
mobility shift assay (EMSA). Recent studies have relied upon surface plasmon 
biosensor-based assay (SPR) and fluorescence-based solution methods. In general, 
these studies agree well in terms of relative binding affinities of p50:p50 and 
p50:RelA dimers for different kB sites although the absolute affinity values differ 
considerably. EMSA analyses revealed extremely high affinities between HIV, 
MHC, and IFN kB DNA sites and NF-kB p50:RelA heterodimers with K

D
 (disso-

ciation equilibrium constant) values reported to be in the pM range [21, 81]. 
Interestingly, SPR, which is capable of monitoring complex assembly and 
disassembly on a surface in real time, revealed an unexpected binding mechanism. 
Affinity measured from rates of association and dissociation (K

D
 = k

off
/k

on
) indicated 

pM binding affinity while SPR experiments measured at equilibrium detected  a 



995  Recognition of Nucleic Acids by Transcription Factor NF-kB

K
D
 value in the nanomolar range [27]. One possible explanation for this discrepancy 

could be that a relatively high nonspecific binding affinity of NF-kB for DNA flank-
ing the kB site influences overall binding rates. Despite these nonspecific interac-
tions, NF-kB ultimately occupies the specific kB DNA sites, which is what is 
detected under equilibrium conditions. In support of this model, affinity measure-
ments performed at equilibrium by solution-based fluorescence polarization assays 
also yield nM range binding affinities [61]. In all cases, however, NF-kB binding to 
DNA was determined to be highly salt and pH sensitive. These experiments are 
conducted with Escherichia coli expressed proteins truncated to encode only the 
RHR. It is, therefore, possible that the presence of the transcriptional activation 
domain and/or modification counteracts this salt sensitivity. It is also possible that 
inside cells and within the presence of other proteins and counterions, NF-kB is not 
as salt sensitive as observed in vitro. Further experiments are required to resolve the 
thermodynamic and kinetic mechanisms of NF-kB:DNA recognition using pure 
native proteins.

Studies by Kunsch et al. have enhanced our understanding on kB site selectivity 
for p50, RelA, and c-Rel from pools of random DNA sequences using in vitro selec-
tion methods [40]. Using this approach they identified different kB DNA site consen-
sus sequences for NF-kB p50:p50, RelA:RelA, and c-Rel:c-Rel homodimers. The 
consensus sequences derived previously from structural analyses of p50 and RelA 
monomers on kB DNA half sites fit well with this selection analysis [40]. However, 
the consensus sequence for c-Rel deviates significantly from the consensus derived 
from physiological kB sites and also from known physiological c-Rel binding sites. 
More recently, Udalova and coworkers determined comparative affinity of a large 
number of kB DNA for p50:p50, p50:RelA, and p52:p52 dimers [58, 77]. A total of 
256 different DNA site variants were prepared by changing the internal six positions 
(GGRRNNYYCC). One of the key observations made in these studies was that at 
least one of the two half sites must contain G:C at the ±3 positions (5′-GGGXX-3′ or 
5′-XCCC-3′) to have any appreciable binding for the p50 homodimer. This clearly 
establishes the critical importance of the G:C bp at ±3 positions. The significance of 
this position is due to the recognition of both bases by protein side chains as described 
previously. This study also confirms the importance of TT over CC at +1 and +2 
positions. As expected, a G or C is not favored at these positions.

5.8 � NF-kB-RNA Aptamer Recognition

Using the SELEX approach, RNA aptamers have been identified that selectively 
bind NF-kB p50:p50 and RelA:RelA homodimers [9, 10, 41, 80]. These RNA 
aptamers are highly specific and do not interact with the non-cognate NF-kB 
dimers with any appreciable affinity. Furthermore, they do not bear any sequence 
similarity with the consensus kB sites. Finally, the RNA molecules are asymmetric. 
It was, therefore, not immediately clear how these nucleic acids might be recognized 
by symmetrical NF-kB homodimers.
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The X-ray structure of the NF-kB p50:p50 homodimer bound to a 29-mer RNA 
aptamer served to resolve this puzzle. The structure revealed that each p50 mono-
mer interacts with one RNA molecule [34]. Each RNA molecule binds the NTD 
and the linker region of one p50 monomer for recognition. The relative flexibility 
of the NTD with respect to the dimerization domain allows each NTD to recognize 
an RNA molecule without any hindrance from the other subunit of the dimer 
(Fig. 5.7a). Overall, the p50:RNA complex appears more open where the NTD:RNA 
subcomplexes are splayed away from each other. The two p50 subunits remain held 
together through their dimerization domains only. In the DNA-bound complexes, 
by comparison, the N-terminal domains are forced to approach one another as they 
each interact with one half site of the same kB DNA molecule. The proximity of 
all four domains (two NTDs and two DDs) in the DNA complex endows additional 
protein–protein contacts between the NTD and DD of each subunit.

In spite of the sequence differences between the RNA aptamer and DNA, and 
differences in the overall binding conformation of the NF-kB p50:p50 homodimer, 
close inspection of the p50:RNA complex revealed remarkable similarities in the 
mechanism of nucleic acid recognition (Fig. 5.7b, c). The secondary structure of the 
29-mer RNA aptamer is an internal loop flanked by a stem on one side and stem-
loop on the other. In its p50-bound state the RNA adopts an irregularly bent, long 
helical structure with bending occurring within the internal loop region. The 
tetraloop of the hairpin is highly structured with only one nucleotide free of any 
interactions. Sequence-specific recognition primarily involves bases of the internal 
loop, which is presented to NF-kB as a duplex. The G18G19U20U21G22G23 
sequence of one strand interacts with His64, Agr56, Arg54, Lys241, and Tyr57 of 
loops L1 and L3 in a manner reminiscent of p50:DNA complexes. Of these nucle-
otides, G22 and G23 are from the internal loop. Tertiary interactions such as cross-
strand stacking hold these two guanines in a conformation amenable to protein 
binding. Cys59 and Glu60 contact RNA bases A10, A11, and C12 that occupy posi-
tions in the reverse strand of this double helical region. Interestingly, the conforma-
tion of loop L1 is almost identical in both DNA and RNA complexes suggesting that 
any structural change must occur at the level of RNA to accommodate the protein 
side chains in proper order [24, 34]. Although the total number of contacts in the 
p50:RNA complex is greater than those observed in p50:DNA complexes, the core 
of the interface exhibits remarkably similar chemistry in both types of complexes.

The three-dimensional structure of the free RNA aptamer has been done using 
NMR which further provides insights into how p50 recognizes the RNA [63]. The 
RNA aptamer sequence has evolved to display both preorganized features and 
protein-induced structural changes essential for high affinity RNA-p50 recognition. 
The features of the major groove of the internal loop distorted helix are remarkably 
similar to DNA duplexes and are different from typical A-form RNA duplexes. The 
cross-strand stacking of guanines in the internal loop appear to be the major deter-
minant for these distinct major groove features. This preformed RNA major groove 
in the internal loop facilitates protein binding, which upon binding to protein under-
goes further structural changes such as a kink in the internal loop and base unstack-
ing in the tetra loop [63].
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5.9 � DNA Binding by NF-kB in the Cell

A string of recent reports describes the binding of NF-kB dimers to regulatory DNA 
sequences on the whole genome scale [8, 45, 50, 68]. Although these reports contra-
dict one another with regards to the precise number of NF-kB binding sequences and 
their locations within the genome, the studies reveal some important observations. 

Fig. 5.7  RNA aptamer binding by NF-kB p50:p50 homodimer. (a) The overall structure of the 
NF-kB p50:p50 homodimer bound to two molecules of a specific RNA aptamer. As previously, 
NF-kB is represented as a ribbon diagram (green) while the two single-stranded RNA molecules 
are depicted as space filling models (black/grey and magenta/cyan). (b) Comparison of DNA (left) 
and RNA (right) binding by the residues of loops L1 of p50 (green ball-and-stick). Hydrogen bonds 
are depicted as dashed lines. (c) kB DNA and RNA recognition sequences in the two complexes
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For instance, they all show that NF-kB dimers bind a large number of DNA 
sequences and that most of these sequences are present within the promoters 
(±500 bp with respect to transcription start sites). Intriguingly, several DNA frag-
ments isolated from chromatin immunoprecipitation (ChIP) experiments do not 
contain a stringently defined NF-kB consensus sequence. When these newly identi-
fied NF-kB binding sequences are analyzed, many are found to exhibit half site 
consensus. This suggests that NF-kB dimers are capable of binding, albeit with 
lower affinity, to DNA with one ideal half site even if the other half site is not 
(Table  5.1d). Such binding events might happen under the conditions where the 
NF-kB concentration in the nucleus is high. The fact that at any given time a large 
fraction of the genome is bound to nucleosomes suggests that accessible genomic 
DNA is limited [38]. If the local concentration of active NF-kB is relatively high, 
however, it is a reasonable assumption that NF-kB dimers would be able to bind a 
wide spectrum of DNA sites that show high to low sequence similarity with the 
consensus. A rough estimation is that the number of RelA molecules in the nucleus 
of stimulated cells is around 100,000 (50% of a total of 200,000 RelA molecules 
enter the nucleus after any given stimulus). If all other NF-kB monomers were also 
present in similar numbers and were present in the same cell at the same time then 
total number of NF-kB monomers in the nucleus would be 500,000. Thus, the 
concentration of NF-kB dimers could be as high as ~0.5 mM. At such a concentra-
tion most of the high- and low-affinity available kB sites are expected to be recog-
nized by NF-kB. An interesting question that arises from NF-kB:DNA recognition 
studies in vivo is that if most experimentally identified kB sites follow the kB DNA 
consensus and, therefore, are high-affinity binding sites, why have low-affinity 
binding sites never been previously identified experimentally? An answer to this 
puzzle might be that all experimentally identified kB sites are located within the 
promoters of genes activated by NF-kB dimers. Therefore, these newly identified, 
low-affinity, half-site consensus kB sites might be involved in gene regulation 
through some other mechanism such gene repression and/or epigenetics.

There are many unanswered questions regarding the status of NF-kB in vivo. 
For example, how do different posttranslational modifications such as phosphoryla-
tion or acetylation alter DNA recognition by NF-kB [60]. One particular example, 
phosphorylation of Ser276 of RelA and homologous residues in other NF-kB sub-
units, has been introduced. But it has been shown that phosphorylation is essential 
for DNA binding by RelA to some, but not all, kB DNA sites. Several sites in RelA 
also undergo acetylation and the impact of these modifications in DNA binding has 
not been thoroughly established. Second, identification of the low-affinity sites and 
their physiological role in NF-kB regulation remains to be clarified. Finally, one 
cannot rule out the possibility that NF-kB might be involved in RNA binding 
in vivo. This possibility is even more feasible when one considers that the amount 
of NF-kB is high in the nucleus, that most of the genome is masked by histones 
in  the form of nucleosomes, and that diverse RNA sequences can target specific 
NF-kB subunits. Although it is currently unknown whether NF-kB:RNA binding 
has any consequence on physiological regulation, the ability of NF-kB to be 
targeted as a consequence of its robust nucleic acid recognition potential is 
unquestionable.
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6.1 � Introduction: Protein–DNA Interactions

The three-dimensional shape of biological macromolecules (proteins, DNA, and RNA), 
is determined by a myriad of “weak” noncovalent interactions (ionic, hydrophobic, van 
der Waals, and hydrogen bonds), each of which can be disrupted by thermal fluctuations, 
leading to constantly changing conformations accessible to the macromolecule [1]. 
These conformational fluctuations are essential to biology and are central to molecular 
recognition, in which two or more interacting macromolecules rely on complementary 
shapes and charge distributions to form a multitude of weak intermolecular bonds that 
lead to higher-order complexes. An overarching goal in molecular biophysics is to 
elucidate the underlying energetics of these interactions, by measuring the dynamics of 
conformational fluctuations in the macromolecular complexes.

Protein–DNA interactions regulate many important biological functions such as 
DNA replication, transcription, recombination, gene regulation, and repair. Proteins that 
bind to DNA in a sequence-nonspecific manner play a role in chromosome packaging 
and in stabilizing single-stranded intermediates. Alternatively, many cellular functions 
are initiated by the binding of proteins that recognize specific DNA sequences. These 
site-specific proteins typically bind their target sites with thousand- or even million-fold 
higher affinities relative to random DNA sequences.

Two puzzles have particularly intrigued researchers in this field. The first seeks 
to understand how site-specific DNA-binding proteins efficiently search for their 
binding sites in DNA, among a sea of nonspecific sites. This question came to the 
forefront with the discovery by Riggs et  al. [2] that lac repressor protein could 
locate its target site on long DNA 100–1,000-fold faster than expected from three-
dimensional diffusion and random collisions between protein and DNA. These 
and other measurements suggested “facilitated” diffusion, together with hopping 
between sites, as mechanisms for accelerated target location. Thus, a protein is 
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imagined to bind nonspecifically anywhere along the DNA, slide along the DNA 
in a one-dimensional search for its binding site, then dissociate and randomly 
collide with another segment of the DNA, to continue its search [3–7].

The second related question asks how a sequence-specific DNA-binding protein 
actually determines that it has reached its target site on genomic DNA. Structural 
and thermodynamic studies of a wide range of protein–DNA complexes have 
shown that the DNA structure is often deformed in the complex, and the protein 
also adjusts its conformation, to facilitate favorable interactions [8, 9]. These 
concerted rearrangements in protein and DNA conformation are believed to be key 
to the underlying induced-fit mechanism proposed for the recognition of DNA 
binding sites. Details of the recognition mechanism remain elusive. In particular, 
very little is known about the dynamics of the conformational rearrangements that 
lead to precise recognition.

Kalodimos et  al. [10] provided the first tantalizing glimpse of lac repressor, a 
sequence-specific DNA-binding (and bending) protein, bound to a nonspecific site 
where the DNA was observed to be unbent. Their NMR study indicated large-scale 
conformational fluctuations at the protein–DNA interface in the nonspecific complex, 
occurring on micro to millisecond time scales. This study suggested that the nonspe-
cific complex is highly dynamical in which the protein and DNA sample a range of 
conformations prior to “falling into” a free energy minimum characterizing the spe-
cific complex. Smaller fluctuations were observed in the specific complex, indicating 
a tighter fit. This enhanced flexibility in the nonspecific complex is believed to be 
important for efficient search of the specific binding site on genomic DNA [10–12].

6.1.1 � Binding Site Recognition: Direct Versus Indirect Readout

Structural studies of protein–DNA complexes have implicated two underlying mecha-
nisms by which proteins discriminate between potential target sites. One is “direct 
readout,” in which specific amino-acid residues of the protein make contacts (e.g., 
hydrogen bonds) with specific bases (A, T, G, or C). Proteins that use direct readout 
typically bind to the major groove of DNA where the pattern of hydrogen-bond donors 
and acceptors is distinct for each Watson–Crick base pair (bp) [13]. Thus, members of 
this class of proteins recognize their binding sites as a result of direct examination of 
the hydrogen-bonding pattern exposed in the major groove, and which is unique for 
each kind of base pair. Examples of protein motifs with DNA-binding domains 
(DBDs) that primarily employ direct readout are the helix-turn-helix motif in, for 
example, bacteriophage l-repressor [14], 434 repressor [15], and bacterial Trp repres-
sor [16], the basic leucine zipper (bZIP) motif in yeast GCN4 protein [17], and the 
zinc finger motifs in TFIIIA, a transcriptional regulator from Xenopus [18].

Alternatively, a significant fraction of site-specific DNA-binding proteins recognizes 
the minor groove of DNA where the pattern of hydrogen bond donors and acceptors 
is similar for all Watson–Crick base pairs, and symmetric, making it difficult for the 
protein to distinguish A from T, and G from C [19]. Furthermore, the G:C pair is 
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distinguished from the A:T pair only by one additional centrally located donor 
group. Thus, for the minor groove-binding proteins, there is a lack of direct sequence 
information. Such proteins recognize their target sites with high fidelity via “indirect 
readout.” In this mechanism, sequence-dependent variations in the mechanical prop-
erties of DNA, such as local DNA flexibility/“bendability” and changes in major or 
minor groove width, as well as differences in the stacking or twisting parameters, 
play important roles in the recognition process. Thus, minor groove-binding proteins 
are believed to “read” DNA sequence by the ease with which they can bend, twist, 
or deform the potential binding sites to match their binding interface. Quite often, 
proteins use a combination of both direct and indirect readout to recognize their 
binding sites.

In protein–DNA complexes causing DNA bending, the DNA deformation may 
be spread over the length of the DNA, as when DNA is wrapped around histone 
octamers to form nucleosomes for chromosome packaging [20, 21]. Alternatively, 
the DNA may be severely kinked at one or two sites, with the intervening segments 
left relatively undistorted. These sharp kinks are often stabilized by the intercala-
tion of protein side chains between adjacent Watson–Crick pairs whose stacking 
interactions are disrupted [22]. Examples of specific binding proteins that introduce 
sharp, localized distortions in DNA are bacterial nucleoid-associated architectural 
proteins from the integration host factor (IHF)/HU family that kink DNA at two 
sites to form a “U-turn” [23, 24]; lac repressor, a tetrameric bacterial gene regulatory 
protein that simultaneously binds DNA at two sites and loops the intervening DNA 
[25]; TATA-binding protein (TBP), a eukaryotic basal transcription factor that 
recognizes a TATA element in the promoter sequence of DNA to initiate transcription, 
with severe DNA distortion at two sites to make a ~108° bend [26]; restriction 
enzymes that bind to specific sites with DNA kinking by ~50° prior to cleavage 
[27]; and DNA repair proteins that recognize and bind to lesions in DNA, stabilizing 
a ~60° kink at the lesion site [28, 29].

6.1.2 � Sequence-Dependent DNA Flexibility and Bendability

The energetic cost of deforming DNA is often estimated using a continuum worm-
like chain description for duplex DNA, in which the intrinsic rigidity is described 
in terms of a characteristic persistence length. For length scales much less than the 
persistence length, the polymer is assumed to behave like an elastic rod with har-
monic bending energy potential, while for length scales much longer than the per-
sistence length, it adopts configurations of a random coil [30]. Persistence length 
measurements of DNA have been made with a wide range of techniques such as 
rotational diffusion measurements on DNA oligomers that probe the shortening of 
the end-to-end distance in the elastic rod regime [31–33]; ligase-catalyzed cycliza-
tion of DNA molecules with cohesive ends that probe ring-closure probabilities 
[34–36] and, more recently, micromanipulation experiments on long single mole-
cules of DNA that probe the entropic spring constant of polymeric DNA under 
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applied force [37–39]. These measurements have yielded persistence length values 
of 50–60 nm (~150–180 bp), with essentially no ionic-strength dependence observed 
in the range of 10 mM–1 M Na+ ions [40].

On length scales comparable to the target sites of sequence-specific DNA-
binding proteins, the deformability of DNA depends on the local sequence, and this 
variation from the average is a key feature that is recognized by DNA-bending 
proteins. Hogan et  al. [33] demonstrated that both the bending stiffness and the 
torsional constant of DNA fragments are strongly dependent on base composition, 
with persistence length values ranging from 125  bp for poly(dA).poly(dT) to 
500  bp for poly(dG).poly(dC), and the torsional constant varying 40-fold in the 
range of sequences they studied. DNA cyclization studies showed that a DNA 
sequence with high histone octamer affinity exhibits twofold smaller bending constant 
and ~35% smaller torsional constant [41], and that alternating dA–dT sequences 
are ~30% more flexible in comparison with random sequences [42].

It is now well established that the deformability of DNA varies enormously along 
the length of genomic DNA, reflecting variations in the DNA sequence [43, 44]. 
This is consistent with the observation that nucleosome positioning sequences are 
not randomly distributed along the length of DNA [43, 45]. Statistical analysis of 
natural and synthetic nucleosome positioning sequences has revealed a pattern of 
high occurrence of AA/TT/TA dinucleotide steps phased 10 bp apart, alternating 
with GC dinucleotide steps shifted 5  bp away, indicating that certain sequence 
arrangements are more easily deformed into tight circles than others [46–48].

Two examples illustrate very nicely the correlation between sequence-dependent 
variations in the bendability of DNA, and the binding affinity of site-specific 
proteins. The first is an early study on phage 434 repressor protein, in which the 
high resolution structure of the protein bound to its cognate sequence showed that 
the binding site was bent and overtwisted, with the central 4 bp of the cognate site 
making no contact with the protein [49]. Nevertheless, the binding affinity could 
be reduced 50-fold by sequence variations in this segment [50]. Hogan and Austin 
[51] found a correlation between theoretical estimates of bending and twisting 
constants for each of the sequences, and the measured binding affinities for the 
repressor protein. A similar correlation was observed between the binding affinity 
of the E2 regulatory protein from the human papillomavirus (HPV) genome for 
DNA substrates containing varying E2 binding sites, and their intrinsic curvature 
and flexibility parameters [52, 53]. Cocrystal structures of the DBD of E2 show 
that the DNA substrates are bent by 45°, and, as in the case of the 434 repressor 
protein, there are no direct contacts between the E2 DBD and the central 4-bp 
spacer sequence within the binding site [54]. Maher and coworkers used elec-
trophoretic mobility measurements on DNA molecules containing three distinct 
E2-binding sites appropriately phased relative to A-tracts to determine the intrin-
sic curvature at the site of the E2 spacer sequence [52, 55]. These authors found 
high intrinsic curvature (~18°) for a spacer sequence with ~30-fold higher affinity 
for E2 DBD in comparison with a low affinity spacer sequence, which exhibited 
essentially no intrinsic curvature, while an intermediate affinity sequence showed 
~11° curvature [52]. Crothers and coworkers carried out high-throughput cyclization 
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based on a Forster resonance energy transfer (FRET) assay, combined with a 
statistical mechanical theory of cyclization probabilities to extract the bending 
and torsional constants, from which they calculated the probability that each of 
the DNA substrate would adopt the bent conformation, even in the absence of 
the  E2 protein [42, 53]. These results demonstrated remarkable agreement 
between the calculated probabilities and the more than three orders of magni-
tude variation in the binding affinities for 15 of the 16 different spacer sequences 
studied [53].

6.1.3 � Beyond the Continuum Worm-like Chain Description

DNA segments comparable in length to the persistence length of DNA can wrap 
nearly twice around histone octamers in the nucleosome. This observation led Klug 
and Crick [56] to propose, more than 30 years ago, that the energetic cost of forming 
small circles could be reduced if DNAs were to kink at regular intervals, rather than 
be uniformly distorted throughout. Evidence of kinked DNA in nucleosomes was 
reported by Austin and coworkers [57]. High-resolution nucleosome crystal structures 
show smooth bending of DNA segments that are bent into the major groove, while 
DNA segments that are bent into the minor groove are either kinked, at six 5¢-CA-3¢ 
steps out of a total of ten such steps, or smoothly bent but with the bases alternately 
shifted to accommodate the tight bend [21].

Recent interest in developing theoretical descriptions of the polymer properties 
of DNA beyond the semiflexible, worm-like chain model came from cyclization 
studies of Widom and coworkers [58, 59], in which they reported that ~100-bp -long 
DNA fragments can form circles with 3–5 orders of magnitude higher probabilities 
than expected for a worm-like chain, especially DNA sequences that bind tightly to 
nucleosomes. These studies led to theoretical extensions of the continuum, elastic 
worm-like chain model that included sharp bending or kinking of DNA, either from 
local melting to produce highly flexible single-stranded regions [60], or from sharp 
kinks at sites of low stacking energy [61, 62].

Vologodskii and coworkers revisited cyclization efficiency measurements of 
DNA fragments 105–130 bp in length and demonstrated that the worm-like chain 
model remains adequate for predicting cyclization probabilities of these fragments 
[62]. Their experimental study provided a technical explanation for the apparently 
unusually high cyclization probabilities observed by Widom and coworkers, 
although the strong sequence dependence observed in the original study remains 
enigmatic. Another recent study, carried out on 200-bp-long fragments, showed 
nearly fivefold variation in cyclization probability as a result of eight nucleotide 
changes designed to locally melt more easily, highlighting the ability of certain 
sequences to form circles more easily than others [63]. Biochemical assays to 
probe localized disruptions of the regular DNA double-helical structure upon 
forming minicircles [64, 65] as well as cryoelectron microscopy images of such 
minicircles [65] indicated no direct evidence for sharp kinks in 85–86-bp circles 
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[64] or 94-bp circles [65], although evidence for kinked DNA was observed for 
much smaller circles of 64–65  bp [64]. Deviations from the simple worm-like 
chain description have also been observed in recent experiments that reported 
enhanced flexibility of DNA on short length scales, down to ~15 bp [66, 67], indi-
cating a “softening” of the harmonic bending energy potential implicit in the 
worm-like chain description [66].

6.1.4 � Free Energy Cost of Kinking DNA

Obtaining accurate estimates of the free energy cost of kinking DNA has been 
problematic because of the difficulty in separating the stacking free energy from the 
base-pairing energies that contribute to the stability of duplex DNA. Based on ther-
mal melting of long DNA duplexes, the free energy cost associated with disruption 
of a single Watson–Crick base pair is estimated to be about ~1 kcal/mol for an AT 
pair, and ~2 kcal/mol for a CG pair, in the presence of 100 mM monovalent cations 
[68–70]. Another estimate of base-pair disruption, ~6–9  kcal/mol, comes from 
NMR measurements of imino proton exchange that probe the time scales for open-
ing and closing of a single base pair inside long duplex DNA [71]. The wide range 
of base pair opening times observed in the NMR measurements, especially for A–T 
pairs, reflects the sequence-context dependent cost of breaking stacking interac-
tions that accompany base pair opening, and that may be the more dominant con-
tribution to the energetic cost of base-pair disruption. Base stacking has been shown 
to be more important than Watson–Crick pairing for the rigidity of duplex DNA 
[72, 73].

Estimates of stacking free energies for the ten distinct dinucleotide steps have 
been obtained primarily from analysis of thermal melting of DNA oligomers of 
varying sequences and lengths, and unified by SantaLucia [74]. More recently, 
Frank-Kamenetskii and coworkers have applied a novel approach to obtain the 
stacking free energies, from measurements of the electrophoretic mobility of a 
series of 300 bp-long DNA molecules with a nick in the sugar–phosphate backbone 
on one of the strands, sandwiched between all combinations of dinucleotide steps 
[70]. The deviations of the observed mobility for each of the nicked duplexes in 
comparison with intact DNA were modeled as arising from equilibria between the 
stacked (straight) and unstacked (bent) conformations at the nicked position, to 
obtain directly the ten independent stacking free energies. Olson and coworkers 
took advantage of the available database of known protein–DNA complex struc-
tures to develop sequence-dependent empirical energy functions that describe DNA 
deformability at each of the dinucleotide steps [75, 76]. They obtained average 
values, and deviations from the average, of six step parameters that describe the 
local stacking geometry between neighboring base pairs. A global parameter from 
this analysis that can be readily compared with stacking free energies is the volume 
of conformational space that is thermally accessible at each step (Fig. 6.1). Despite 
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some variations in the estimates of sequence-dependent deformability obtained 
from the different approaches, some trends emerge, with the pyrimidine–purine 
(Y–R) steps being the most easily deformable.

6.2 � Dynamics of Protein Binding and DNA Bending

Characterization of the rates at which proteins bind to, and bend, DNA provides 
insights into reaction intermediates, and is a natural starting point to probe the 
molecular mechanism of binding site recognition. These studies have begun to 
yield answers to the following questions: What is the sequence of molecular rear-
rangements in the protein–DNA complex and where are the bottlenecks in the 
transition from nonspecific to specific complex? What role does sequence-dependent 
DNA flexibility play in the mechanism by which minor groove DNA-bending 
proteins recognize their target sites? Does the protein first bind to straight DNA and 
then induce DNA distortion as a second step, or does the protein capture thermally 
accessible predistorted DNA conformations? Does DNA bending rate play a role in 
the recognition mechanism?

Fig.  6.1  Comparison of nearest-neighbor (nn) stacking free energies (DG
ST

) and volumes of 
conformational space (V

step
) for the ten different dinucleotide steps of duplex DNA. The nn stacking 

free-energy parameters, extracted from thermal denaturation experiments on oligonucleotide 
duplexes, are shown as vertical gray bars. The length of each vertical bar indicates the range of the 
stacking parameters from seven independent research groups, obtained under different salt condi-
tions and for varying lengths of duplex DNA, and unified by SantaLucia [74]. Stacking free energies 
from electrophoretic mobility measurements (filled blue circle) on DNA fragments containing a 
nick in the sugar–phosphate backbone, between all possible combinations of dinucleotide steps are 
from [70]. The volume of thermally accessible conformational space for each dinucleotide step 
(filled red circle), obtained from fluctuations and correlations of base step parameters in DNA–
protein crystal complexes, is from [75]. The volume for the GT step was not reported in [75], as 
indicated by the dashed red line. The estimates of stacking free energies from the thermal melting 
and the gel mobility assays, in general, correlate well with the volume of accessible conformational 
space at each dinucleotide step, with perhaps the exception of the GC step
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6.2.1 � Stopped-Flow Measurements

Most experimental data on the dynamics of DNA bending and induced conformational 
changes in proteins have come from stopped-flow measurements. These studies have 
yielded partial answers to three central questions: How distinct are the bimolecular 
association rates from diffusion-controlled rates? Do DNA-bending proteins bind 
and bend DNA in a concerted manner, or do they first bind and then bend DNA, in 
a sequential manner? How do DNA sequence changes that modify DNA flexibility 
affect observed binding and bending rates?

In stopped-flow measurements, protein and DNA solutions are mixed together 
on time scales of a few milliseconds, and the subsequent kinetics are monitored 
with one of several probes [77–81]: (1) fluorescent anisotropy decay of single-
labeled DNA oligomers to measure bimolecular association, (2) DNase I or 
hydroxyl-radical “footprinting” to measure protection of DNA by bound protein, 
and (3) FRET between donor and acceptor fluorophores attached at opposite ends 
of a short DNA oligomer to measure DNA bending.

Early stopped-flow studies on the binding of the TBP to promoter sites revealed 
two salient results. First, the binding of promoter substrates to TBP followed second-
order behavior, with bimolecular association rates in the range (0.5–2) × 106 M−1 s−1 
[77, 82, 83], significantly smaller than the ~108−109 M−1 s−1 rate expected for diffusion-
controlled bimolecular association between protein and a short DNA oligomer [3, 
84]. Second, FRET measurements to probe the bending kinetics of labeled DNA 
substrates also followed second-order behavior with similar association rates, thus 
ruling out a reaction mechanism of formation of a stable “encounter complex” fol-
lowed by slow DNA bending [78]. To account for the slower than diffusion limited 
association rate, the authors of this study suggested a mechanism in which the protein 
and DNA are in rapid equilibrium with a transient encounter complex (with negligible 
steady-state population), which is separated from the final, bent complex by a large 
activation barrier [78]. Subsequent kinetic studies by Brenowitz and Parkhurst and 
coworkers, carried out over a range of temperatures, showed significant deviations 
from single-exponential decay under pseudo-first order conditions [78, 85, 86]. These 
studies provided evidence for a complex reaction pathway between the transient 
encounter complex and the final bent complex, with multiple steps consisting of par-
tially or fully bent intermediate states. Some of these intermediate states have been 
directly observed in a single-molecule study described below [87].

Bimolecular association rates that are significantly smaller than diffusion-
controlled rates, ~3 × 106 M−1 s−1, have also been reported for the binding of a DNA 
repair protein, Taq MutS, to DNA substrates with single-T insertions [88]. Plausible 
mechanisms that can account for the relatively slow bimolecular association rates 
include the possibility that the unbound DNA samples a distribution of DNA con-
formations, and the protein binds to the fraction that is partially prebent [78], or 
alternatively, that the protein fluctuates between distinct conformations, with only 
a subset that is able to bind DNA [89].

Perona and coworkers monitored binding of the restriction enzyme EcoRV to its 
cognate DNA site, with stopped-flow anisotropy measurements, and the bending of 
the DNA in complex, with FRET [80]. In the presence of divalent ions, these authors 
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observed identical second-order rates with both sets of probes, indicating simultaneous 
DNA binding and bending events [80]. The bimolecular association rate for the 
EcoRV–DNA complex was ~108 M−1 s−1 [80, 89]. The binding and bending of a cog-
nate DNA site by bacterial DNA methyltransferase M.EcoRI also showed similar 
rates for the bimolecular association step (~3 × 107  M−1 s−1) when monitored with 
fluorescence anisotropy and FRET [90].

Brenowitz and Crothers and coworkers used time-resolved hydroxyl radical 
footprinting to obtain the time scales on which different regions of a cognate DNA 
substrate are protected from cleavage when bound to IHF [79]. As discussed below, 
the IHF–DNA interface extends over ~35 bp, with the DNA bent at two sites and 
wrapped around the protein in three roughly equal segments. Simultaneous protec-
tion of the three segments of DNA was observed, again indicating concerted binding 
and bending for the IHF–DNA complex, at least at the ~30-ms time resolution of 
these measurements [79]. The pseudo-first order association kinetics as well as the 
dissociation kinetics showed deviations from single-exponential decay suggesting 
a multistep mechanism with evidence for rapid, facilitated diffusion along the DNA 
to locate the target site, followed by concerted bending. The bimolecular association 
rate for this complex was found to be ~5 × 108 M−1 s−1 [81].

An underlying conclusion from the initial stopped-flow studies was that protein 
binding and bending appeared to occur simultaneously [77–80, 90]. Evidence for 
separate binding and bending events that occur sequentially, with a stable intermedi-
ate state with protein bound to straight DNA, first came from single-molecule micro-
manipulation studies of DNA cleavage by EcoRV [91]. More recently, Sugimura and 
Crothers [81] demonstrated sequential binding then bending of a cognate site by IHF 
in a stopped-flow study that also yielded, for the first time, the rates of DNA bend-
ing. These studies, described below, have opened up the possibility of such a sequen-
tial mechanism for other DNA-bending proteins as well, with the bending step 
possibly occurring faster than the time resolution of stopped-flow techniques.

6.2.2 � Single-Molecule Measurements

Micromanipulation experiments that probe the mechanical response of single molecules 
of l DNA to applied force have emerged as a powerful tool to probe protein–DNA 
interactions, and have begun to unravel the role that nucleoid-associated nonspecific 
DNA-bending proteins play in the compaction of DNA [92–96]. Single-molecule studies 
have also begun to yield dynamical information on DNA bending by site-specific 
proteins [87, 91, 97, 98].

Wuite and coworkers [91] probed the mechanism of sequence recognition by 
EcoRV by monitoring the rate at which EcoRV cleaved a single molecule of DNA 
containing the specific site, stretched between two optical traps (Fig. 6.2). At high 
values of the applied tension, the rate of DNA bending appeared to be the rate-
limiting step in the cleavage reaction. Extrapolation to zero force suggested DNA-
bending rates between 35 and 1,000 s−1. A particularly interesting observation in this 
study was the bimolecular association rate of ~4 × 106 M−1 s−1 for finding the target site 



116 A. Ansari and S.V. Kuznetsov

on stretched DNA, smaller than the ~108 M−1 s−1 obtained from stopped-flow measure-
ments with short DNA oligomers [80, 89], and significantly smaller than the 
~1010 M−1 s−1 observed for target location by lac repressor on long, randomly coiled 
DNA [99]. This study illustrated that stretched DNA may inhibit bimolecular rate 
enhancement by protein hopping from one nonspecific site to another, a mechanism 
that, together with one-dimensional sliding, allows rapid location of target sites on 
randomly coiled DNA [7].

Dixit et al. [97] detected local bending and shortening of a 76-bp DNA oligomer 
as a result of IHF binding to a specific site, by optically monitoring the displacement 
of micron-size bead tethered to a surface by DNA. Reinhard et al. [98] applied a 
novel technique in which a pair of gold nanoparticles, attached at either ends of a 
DNA segment containing the restriction site for EcoRV, was used as “plasmon rulers” 

Fig. 6.2  Micromanipulation measurements of the force dependence of the cleavage rate of DNA 
by a type II restriction endonuclease EcoRV. (a) A schematic of the reaction pathway for the 
restriction enzyme that includes binding to the target site, DNA bending, the hydrolysis step that 
cleaves the DNA, and product release. A long DNA molecule (blue) contains the cognate site for 
the restriction enzyme (orange) and is shown to be mechanically stretched. k

on
 and k

off
 are the 

association and dissociation rates, respectively, for binding to the target site, k
ind

 is the rate of DNA 
bending and induced conformational changes in the protein, k

hydr
 is the hydrolysis rate, and k

diss
 is 

the rate at which the product is released. (b) The measured cleavage rate for EcoRV, obtained by 
Wuite and coworkers [91], is plotted versus DNA tension. The force dependence of the cleavage 
reaction was determined as follows: a DNA molecule containing the EcoRV restriction site was 
captured between two beads held by two optical traps; one trap was moved relative to the other, to 
apply tension on the DNA, and the force was measured by the displacement of the other bead. A series 
of measurements of the time delay between when the restriction enzymes were flowed in and when 
the DNA was cut yielded the cleavage rate as a function of the applied tension. The rate at which DNA 
bends in the complex was assumed to be the rate-limiting step at high values of the applied tension, 
shown as the gray line (b). Extrapolation of k

ind
(F) to zero force yielded bending rates from 35 to 

1,000 s−1. Figure reprinted from [91], with permission from Oxford University Press
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to monitor both DNA cleavage by EcoRV (detected by a sharp change in the plasmon 
coupling signal), as well as subtle changes in DNA conformation just prior to the 
cleavage. Tolic-Norrelykke et al. [87] detected TBP binding and dissociation events 
at the single-molecule level by video microscopy images of the Brownian motion of 
beads tethered by DNA oligomers containing a TATA-box binding site. The range of 
dynamics of the bead varied between straight DNA and DNA bent by TBP, with 
evidence for partially bent intermediate states that ties in with the multistep kinetic 
scheme proposed from bulk studies of Parkhurst and coworkers [78, 85].

6.2.3 � Laser Temperature-Jump to Probe Protein–DNA 
Interactions

The stopped-flow and single-molecule studies discussed above suggest DNA-bending 
rates, in the presence of bound protein, in excess of ~100 s−1, thus requiring the develop-
ment of fast experimental techniques. In the last decade, laser temperature-jump 
(T-jump) has emerged as a powerful complement to stopped-flow and single-molecule 
studies, whereby the conformational dynamics of biomolecules can be monitored on 
time scales of a few nanoseconds to several milliseconds. Typically, ~10 ns laser pulses 
in the near infrared (~1.54–1.9 mm), at a wavelength where water absorbs, produce a 
rapid ~10°C increase in the temperature of the sample, within the pulse width of the 
laser [100–102]. The T-jump perturbs the equilibrium distribution of biomolecular 
conformations, and the system responds by adjusting the distribution of conformations 
to the new, higher temperature. The rate at which the system relaxes to its new equilib-
rium is monitored with spectroscopic probes sensitive to the average biomolecular 
conformation. The T-jump eventually decays with a half-life of ~100–300 ms. Laser 
T-jump has been widely used by several groups to investigate fast dynamics in the fold-
ing of proteins [100, 103–107] and nucleic acids [108–111].

Complementary techniques, such as fluorescence correlation spectroscopy (FCS) 
on labeled samples, allow dynamics in proteins and nucleic acids to be investigated 
with microsecond time resolution [112–115]. However, a distinct advantage of the 
T-jump technique is that intrinsic fluorescence of proteins can be monitored without 
interference from extrinsic labels [105, 106, 116–118]. Furthermore, the develop-
ment of a variety of fluorescent analogs of DNA bases allows the measurement of 
local changes in the twist or flexibility of DNA upon protein binding [88, 119–121]. 
Thus, the T-jump technique combines superior time resolution with exquisite sensi-
tivity to monitor subtle changes in the conformation of biomolecules.

Kuznetsov et al. [118, 122] extended the application of laser T-jump to measuring 
the dynamics of protein–DNA interactions. The first such study probed the previ-
ously unresolved wrapping/unwrapping dynamics of single-stranded DNA (ssDNA) 
around a single-strand binding (SSB) protein, an essential step in all DNA meta-
bolic processes. These experiments showed that this step occurs on a time scale of 
tens of microseconds [118]. This study set an upper limit on how fast SSB can 
translocate along DNA during replication, recombination, and repair, and held out 
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promise for similar studies on other protein–DNA systems with unresolved dynamics. 
The second study, on the bending/unbending dynamics of DNA in complex with 
IHF [122, 123], is discussed below.

6.3 � Integration Host Factor: A Case Study

The IHF/HU family consists of closely related prokaryotic DNA-binding proteins 
that induce large bends in DNA as a result of localized distortions, making them a 
particularly interesting system to probe the role of DNA bendability in the recogni-
tion mechanism. These proteins are functionally analogous to both the histones and 
the HMG box proteins of eukaryotes, and aid in chromosome compaction as well 
as play specific architectural roles. All prokaryotes appear to have at least one IHF/
HU homolog. Cocrystal structures of three proteins from this family, the IHF from 
Escherichia coli [23], the histone-like protein from Anabaena (AHU) [124], and 
Hbb from the Lyme disease-causing spirochete Borrelia burgdorferi, were deter-
mined by Rice and coworkers [24]. All three proteins bind to the minor groove and, 
when sequence specificity is involved, recognize their binding sites primarily by the 
indirect readout mechanism [24, 125–129].

6.3.1 � Specific and Nonspecific Binding Modes  
of the IHF/HU Family of Proteins

IHF is an essential protein in several cellular processes including site-specific 
recombination, transcription, DNA replication, and l phage packaging [130–133]. 
It binds with low or sub nanomolar affinities to several specific binding sites on 
l phage DNA. These binding sites share a consensus sequence WATCARNNNNTTR 
(W refers to A or T, N is any base, and R refers to a purine, A or G) located on one 
half of the ~35 bp DNA segment that wraps around the protein [134]. Some IHF 
sites also contain an A-tract consisting of 4–6 adenines located about 8–9  bp 
upstream of the consensus region [135, 136].

HU functions within the cell by facilitating the formation of multiprotein com-
plexes mediated by DNA looping or bending [137–140], and is also implicated in 
DNA repair [141, 142]. It has no sequence specificity and binds with moderate affinity 
(~100  nM) to random DNA sequences. However, it shows strong preference for 
DNA segments containing structural distortions such as nicks, gaps, bulges, or 
branches [128, 143, 144]. Hbb is a recently characterized protein that, like IHF, plays 
a role in DNA compaction as well as assembly of higher-order nucleoprotein com-
plexes. Hbb exhibits strong preferences for particular DNA sequences [24, 145].

In their nonspecific binding modes, these proteins play a role in chromosome 
compaction [146]. The ability of IHF and HU to compact DNA has been investigated 
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using micromanipulation techniques as well as with atomic force microscopy [92, 93, 
147, 148]. Force-extension measurements on l DNA bound to nonspecific DNA-
bending proteins from the IHF/HU family, as well as the HMGB family, revealed the 
formation of very tight complexes at protein concentrations above a certain threshold. 
Under these conditions, no spontaneous dissociation of the proteins was observed 
[93]. These results are in contrast to what is expected from dissociation constant 
measurements on proteins bound to short DNA oligomers and suggest some kind of 
cooperativity between bound proteins, perhaps mediated by underlying distortions of 
the DNA structure that stabilize a filament [93]. Above a threshold concentration, HU 
also demonstrates the unique ability to stiffen DNA [93, 147].

6.3.2 � In the Specific Binding Mode, IHF Bends DNA  
in a U-Turn

Proteins in the IHF/HU family have the same overall fold, with a largely a-helical 
body capped by b-sheets that extend into two b-ribbon “arms” that are disordered in 
the absence of DNA [23, 127, 149–152] (Fig. 6.3). In the complex, the b-arms wrap 
around the DNA and lie in the minor groove, and the DNA is severely kinked at two 
sites separated by 9 bp, which results in a large “U-turn” bend in the DNA. A highly 
conserved proline residue at the tip of each arm induces or stabilizes DNA bending 
by intercalating between base pairs at the site of the kinks. The DNA segments on 
either side of the kink closely “hug” the protein, making several contacts with posi-
tively charged residues on the sides of the protein. The cocrystal structure of IHF, 
obtained with a 35-bp DNA duplex containing the H¢ binding site from phage l, 
showed that ~26 positively charged residues on the surface of the protein make ionic 
interactions with DNA in the wrapped complex [23, 124]; in the Hbb complex with 
35-bp duplex DNA, the number of ionic contacts is ~32 [24]. The cocrystal structure 
of AHU was obtained with a 19-bp duplex [127], which is not long enough to show 
the interactions that might be operative in stabilizing longer sequences. However, 
interplay between intrinsic DNA flexibility and the ability to make more extended 
contacts with the positively charged surface of the protein is believed to be an impor-
tant factor that contributes to the dramatically increased affinity of all three proteins 
for sequences with inserted distortions [124]. This may be relevant for the role of 
HU in recognizing and wrapping DNA repair intermediates [153–157].

6.3.3 � Ion Release in the IHF–H¢ Complex Is Coupled  
to Protein Conformational Changes

The polyelectrolyte nature of DNA results in the condensation of high concentration 
of cations in the vicinity of the double helix [158–160]. Release of these counterions 
when proteins bind to DNA is responsible for a favorable entropic contribution to the 
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Fig. 6.3  Cocrystal structures of the IHF/HU family of DNA-bending proteins. (a) Superposition 
of the IHF–DNA and AHU–DNA cocrystal structures. The a- and b-chains of the IHF protein are 
shown in blue and green, respectively, and the IHF DNA in gold (PDB code: 1IHF). Conserved 
proline residues are shown in red. AHU and the bound DNA are shown in gray (PDB code: 1P71). 
(b) Sequence of the DNA substrate in the cocrystal structure with IHF, which contains the H¢ binding 
site from bacteriophage l. The H¢ sequence was nicked at the position indicated by the black arrow, 
to facilitate crystal packing. The DNA is observed to be sharply kinked at two sites in complex with 
IHF, at two locations indicated by the blue arrows. (c) The sequence of the DNA substrate in the 
cocrystal structure with AHU containing three T•T mismatches (shown in red) and four unpaired 
T bases (green bases are stacked in the crystal structure, while the blue bases are flipped out). 
(d) Side view of electrostatic surface representation of IHF. The localization of positive and negative 
charges is shown in blue and red, respectively. (e) A superposition of all 25 NMR structures of the 
HU protein from Bacillus stearothermophilus (PDB code: 1HUE) is shown in gray, with one of 
these structures highlighted, with the a- and b-chains shown in blue and green, respectively, and 
conserved proline residues shown in red. (f) The structure of IHF–H¢ complex (1IHF) rotated by 
90° relative to the view (a). The b-ribbon arms of the proteins of this family are more flexible in 
the absence of a bound DNA. In the presence of a DNA substrate, they wrap around the DNA and 
lie in the minor groove, and the prolines intercalate between the kinks in the DNA
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stability of protein–DNA complexes, resulting in a linear dependence of the loga-
rithm of the binding affinity versus log[salt]. The slope of this linear dependence can 
yield an estimate of the net number of ions released when the complex is formed 
[161]. For the IHF–H¢ complex, this slope is ~8–9 [79, 123, 162], which is signifi-
cantly smaller than the number of closely associated counterions expected to be 
released from DNA, a number closer to ~20 [162, 163]. Moreover, this slope depends 
on the type and concentration of anions [164], as was previously observed in the 
case  of ssDNA binding to SSB [160]. These studies indicate that the uptake and 
release of anions by the protein also can contribute to the observed salt dependence 
of protein–nucleic acid interactions [165].

Two additional observations made with isothermal titration calorimetry (ITC) 
measurements of Saecker and Record and coworkers indicate unusual thermody-
namics of the IHF–H¢ complex. First, H¢ binding to IHF is accompanied by unusu-
ally large negative enthalpy, entropy, and heat capacity changes, with 0 19spH∆ ≈ −
kcal/mol and  0 9spT S∆ ≈ − kcal/mol at ~20°C, and 2spC∆ ≈ − kcal/K, in 100  mM 
KCl [162]. Second, the magnitudes of 0

spH∆ , 0
spS∆ ≈, and spC∆  becoming less nega-

tive with increasing [KCl]  [162]. Negative enthalpy, entropy, and heat capacity 
changes that depend on the salt concentration have also been observed in the non-
specific binding of SSB to poly(dT) [165], and the nonspecific binding of mam-
malian high mobility group protein A2 (HMGA2) to poly(dA–dT)

2
 [166], in 

contrast to what is expected if the observed salt-dependence is solely from the 
entropic release of cations associated with the free DNA.

Negative enthalpy and entropy changes for the IHF–H¢ complex are unexpected. 
In a comparison of the enthalpy and entropy changes for a wide range of DNA-
binding proteins, Jen-Jacobson et al. [167] pointed out a correlation between the 
enthalpy changes and the extent of DNA distortions in the complex: complexes 
with minimal distortion of the DNA typically exhibited favorable enthalpy change 
compensated by an unfavorable entropy change, while complexes in which the 
DNA was bent or severely distorted exhibited an unfavorable enthalpy change, 
compensated by a favorable entropy change. In another study, Privalov et al. [168] 
showed that minor groove-binding proteins exhibit positive enthalpy changes, 
while major groove-binding proteins exhibit negative enthalpy changes. They 
attributed the unfavorable enthalpy changes for the minor groove-binding proteins 
to the displacement of highly ordered water from the A/T rich minor groove. IHF 
stands out as a notable exception in that, despite binding to minor groove regions 
that are generally A/T rich and severely distorting DNA, it exhibits large negative 
enthalpy and entropy changes upon H¢ binding.

To explain the unusual thermodynamics of the IHF–H¢ complex, Saecker and 
Record and coworkers proposed that the surface of IHF may be characterized by a 
network of intraprotein salt bridges near the DNA wrapping surface, which become 
protein–DNA salt bridges as a result of conformational changes in the protein upon 
DNA binding. The large negative enthalpy and entropy changes were attributed to 
the hydration of the negatively charged protein residues that are exposed when the 
salt bridges are exchanged [162, 163]. The dependence of the binding enthalpy on 
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salt could be attributed to the effect of salt on the stability of the protein [162, 169], 
and to contributions from differential (salt dependent) ion–protein binding [165].

6.4 � Time-Resolved FRET Measurements on IHF–H¢

Binding of IHF to its cognate site is accompanied by DNA bending, wrapping of 
the b-ribbon arms around the DNA, intercalation of prolines to stabilize the kinks, 
formation of electrostatic contacts between the DNA sugar–phosphate backbone and 
the positively charged wrapping surface of the protein, release of ions, conformational 
rearrangements in the protein, and formation of specific contacts between the protein 
and the bent DNA that depend on the sequence of DNA in the consensus regions. 
What are the time- scales for each of these steps in the recognition mechanism? The 
kinetics measurements described below provide a glimpse into the sequence and 
time scales of molecular rearrangements along the transition pathway.

6.4.1 � Sequential Binding then Bending Observed  
for the IHF–H¢ Complex

Do proteins bind and bend DNA in a concerted manner, or is the binding and bending 
sequential, with an intermediate state in which the DNA is essentially straight or 
only partially bent? Evidence for sequential binding and bending first came from 
the study by Wuite and coworkers [91], on the rate of DNA cleavage by EcoRV. 
More recently, stopped-flow measurements of Sugmura and Crothers [81], together 
with laser T-jump studies of Kuznetsov et al. [122], provided the first direct obser-
vation of the DNA-bending rates in the IHF–H¢ complex [170].

The large bend in the H¢ substrate when bound to IHF makes it very amenable 
to biophysical studies of the dynamics in the complex. The two ends of a 35-bp 
long DNA segment containing the H¢ binding site are ~100 Å apart in free DNA and 
~50 Å apart in the IHF–H¢ complex [23]. Thus, time-resolved FRET measurements 
on labeled DNA oligomers provide a very sensitive measure of changes in the end-
to-end distance and hence the bending/unbending dynamics [81, 171, 172]. 
Sugimura and Crothers [81] carried out stopped-flow FRET measurements on the 
IHF–H’ complex and demonstrated that, under pseudo-first order conditions with 
IHF concentration above the dissociation constant of the complex and in excess 
over the DNA oligomer concentration, the observed relaxation rates at low IHF 
concentrations scaled linearly with the concentration, as expected for a bimolecu-
lar process, but saturated at high IHF concentrations (Fig. 6.5c). They interpreted 
the limiting value of the observed relaxation rates as arising from a concentration-
independent, unimolecular process and identified it as the DNA bending step, which 
occurred on time scales less than ~10 ms at room temperature. Their measurements 
left open the possibility that the stopped-flow technique might be observing only 
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the end of a multistep DNA-bending pathway following the initial binding event, 
with perhaps sequential bending of first one flanking arm and then the other, or a 
weakly bent intermediate state (Fig. 6.4).

Kuznetsov et al. [122] used laser T-jump methods to probe the DNA bending/
unbending kinetics in the IHF–H¢ complex with a time resolution of a few micro-
seconds. This work extended the relaxation kinetics measurements to shorter time 
scales and a wider temperature range (Fig. 6.5d). These authors obtained relaxation 
rates for the unimolecular bending/unbending process that were in excellent agree-
ment with the bending rates obtained from stopped-flow studies, providing direct 
support for the sequential binding and bending model.

6.4.2 � DNA Bending Occurs on Time Scales Similar to Single 
Base Pair Disruption

Stopped-flow and T-jump studies of DNA bending rates during formation of the 
IHF–H¢ complex suggested a ~13 kcal/mol activation energy for the DNA bending 
step (Fig. 6.5d), consistent with previous estimates of the enthalpic cost for disrupting 
base-stacking interactions in DNA [173, 174]. An intriguing revelation from these 
measurements was that the time scales and activation energy for DNA bending were 
within the range of the time scales and activation energies for the opening of a single, 
internal A:T base pair in B-DNA, obtained from NMR measurements of imino proton 
exchange in nucleic acids [71, 175, 176]. These results suggested the possibility that 
transient thermal disruption of base pairing and/or stacking, at weak points along the 
DNA, may lead to spontaneous bending/kinking of DNA. If the resulting kink occurs 
in the presence of bound protein and at a site appropriate for specific binding, then this 
thermal fluctuation would be sufficient to overcome the free energy barrier. Favorable 
interactions between the bent DNA and the protein, facilitated by conformational  

Fig. 6.4  Sequential binding then bending mechanism proposed for the IHF–DNA complex formation. 
IHF first binds nonspecifically to straight DNA, and then bends DNA to form the specific complex. 
Two plausible pathways exist for the bending step. Each includes an intermediate partially bent  
state (shown inside red brackets): (1) bending of first one arm of the DNA and then the other (top) or 
(2) a partial bending of DNA, perhaps from the wrapping of the b-arms of IHF around DNA
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Fig. 6.5  Kinetics measurements on the IHF–H¢ complex using stopped flow and laser T-jump. 
(a) Several variants are shown for the 35-bp long DNA oligomer containing the H¢ binding site of 
IHF, labeled with fluorescein and TAMRA on the 5¢ ends of the DNA strands, with the consensus 
regions indicated in gray. Blue arrows denote locations of the two kinks in the IHF–H¢ cocrystal 
structure, and black arrows denote positions of nicks in the sugar–phosphate backbone, in Nick A, 
Nick B, and Nick C sequences. Nicked substrates were made without the dangling phosphoryl 
group at the 3¢-end. The TT8AT sequence contains two tandem mismatches indicated in red, 
TT•TT and AT•TA, separated by 8 bp. The H¢44A sequence has a T-to-A substitution, shown in 
red, in the TTR consensus region of H¢. (b) The IHF–H¢ cocrystal structure (PDB code: 1IHF) is 
shown with location of three positively charged residues, shown in red, that were substituted for a 
neutral residue: (1) aK5A, with Lys→Ala substitution at position 5 of the a-chain, (2) bK84A, 
with Lys→Ala substitution at position 84 of the b-chain, and (3) aR21C, with Arg→Cys substitu-
tion at position 21 of the a-chain. The crystal structure was obtained with Nick A. The location of 
the nicks in the Nick B and Nick C sequences are indicated in pink, at the center and right-hand 
side of the H¢ structure, respectively. (c) The observed relaxation rate k

obs
 versus IHF concentration, 
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rearrangements in the complex, would then lead to a stable complex. The substantial 
positive activation energy observed for the bending step, despite the large negative 
enthalpy change obtained in the thermodynamics of forming the complex, supports 
the picture that protein conformational rearrangements that contribute to the negative 
enthalpy change occur after the rate-limiting step that characterizes the bottleneck in 
the transition.

The picture that emerges is the following: the protein slides along the DNA in 
search of its target site, probing the sequence-dependent thermal fluctuations of the 
underlying DNA. When the protein reaches its target site, these random conforma-
tions adopted by the DNA match the binding interface of the protein. The bound 
protein recognizes the appropriate transiently bent or kinked DNA conformation, and 
captures this structure to form the tightly bound complex. Spontaneous bending/
kinking of DNA in the absence of a bound protein has been implicated in recent 
studies [59–61, 67, 177–179], raising the question as to whether the DNA is capable 
of undergoing thermal fluctuations in which distorted conformations are energetically 
accessible [66, 122, 180–183]. The importance of thermal disruption of base pairs has 
been implicated in the recognition of promoter sequence by RNA polymerase [182, 
183]. Similarly, thermal stretching fluctuations may be playing a role in the binding 
of RecA to DNA, with RecA binding preferentially to stretched DNA [180].

In the case of IHF, it can be debated whether disruption of a base pair is necessary 
for kinking DNA or whether it is sufficient to disrupt stacking interactions [184]. 
The cocrystal structures of IHF–H¢ and HU–DNA show severe distortion of the 
DNA helix parameters at the site of the kinks, but no evidence of disruption of the 
Watson–Crick base pairs. Furthermore, the NMR time scales for the opening and 
closing of base pairs depend strongly on the sequence context (Fig. 6.5d) and may 
represent disruption of the stacking between bases, especially for an A:T base pair, 
as suggested by the very wide range of opening times reported for opening of an 
A:T pair in comparison with a G:C pair (Fig. 6.5d) [71].

Fig.  6.5  (continued) obtained from stopped-flow measurements, is plotted for intact H¢ (filled 
blue circle), Nick A (filled green circle), Nick B (filled pink circle), and Nick C (filled red circle) 
substrates at 20°C. (Data from [81, 190]). (d) The relaxation rates, k

r
, are plotted versus inverse 

temperature as obtained from three sets of T-jump measurements (filled circle, open diamond, and 
open circle) under conditions where the T-jump perturbation does not dissociate the IHF–H¢ 
complex (data from [122, 185]). The plateau values of k

obs
 at high [IHF], obtained from stopped-

flow measurements, are also shown (filled triangle; data from [81]). The shaded areas represent 
the range of base pair opening rates from imino proton exchange measurements (pink: A:T 
opening rates; blue: C:G opening rates; data from [71]). The pink vertical bar represents opening 
rates measured for an A:T pair in the H¢ sequence, at the site of the kink (data from [176]). (e) The 
relaxation rates k

r
, obtained from T-jump measurements on IHF–NickC (filled green circle), 

IHF–TT8AT (filled red circle), and IHF–H¢44A (filled blue circle), are plotted versus inverse 
temperature. Plateau values of k

obs
 at high [IHF], from stopped-flow measurements on IHF–NickC, 

are also shown (filled green triangle). (f) The relaxation rates k
r
, obtained from T-jump measure-

ments on aK5A-H¢ (filled red circle), bK84A-H¢ (filled blue circle), and aR21C-H¢ (filled green 
circle), are plotted versus inverse temperature. The continuous lines in (d)–(f) are Arrhenius fits to 
the relaxation rates. The dashed black lines in (e) and (f) are the Arrhenius fit for the IHF–H¢ 
relaxation rates, reproduced from (d)
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6.4.3 � Insight into the Transition State Ensemble Probed  
with Ionic Strength Dependence on the  
DNA-Bending Rate

The thermodynamic complexity revealed in the ITC measurements of the IHF–H¢ 
complex [162] was further probed by Vivas et al. [123], in an attempt to parse the 
observed ionic strength dependence on the binding affinity into the individual 
microscopic steps of bimolecular association/dissociation and unimolecular bending/
unbending. T-jump measurements in the range of 100–500  mM KCl showed a 
nonlinear dependence of the observed relaxation rates on increasing [salt]. Below 
~250 mM KCl, the observed relaxation was unimolecular, with the relaxation rate 
nearly independent of [KCl]. Above ~300 mM KCl, dissociation of the IHF–DNA 
complex became significant, and the observed relaxation process included contri-
butions from the bimolecular association/dissociation step, with the relaxation rate 
decreasing with increasing [KCl], with a slope of ~ −2.3 in a log(rate) versus 
log([KCl]) plot [123]. Based on stopped-flow measurements, Dhavan et  al. [79] 
reported a weak salt dependence for the on-rates, with a slope of ~ −2 and a stronger 
salt dependence for the off-rates, with a slope of ~4.

A unified description of the salt dependence of the equilibrium binding affinities 
and relaxation rates for the IHF–H¢ complex was obtained in terms of the salt 
dependence of the microscopic rates corresponding to the bimolecular association/
dissociation and unimolecular bending/unbending [185]. This analysis indicated 
that approximately five of the total 8–9 ions are released in the bimolecular step, 
with the bulk of the ionic effects appearing in the microscopic step corresponding 
to the disruption of the nonspecific complex [185]. This result is unexpected, since 
the extent to which the H¢ substrate makes contact with the protein in the fully 
wrapped specific complex is significantly higher than in the nonspecific complex. 
A plausible explanation for the net release of more ions in the bimolecular step than 
during the unimolecular bending of DNA and wrapping around the protein is that 
net counterion release during the unimolecular step is reduced as a result of uptake 
and release of ions by the protein during conformational rearrangements and salt 
bridge exchange in the protein–DNA complex.

6.5 � Role of DNA Bendability in the Recognition Mechanism

A thermodynamic linkage between increased probability for cyclization and 
increased binding affinity by E. coli protein CAP [186, 187] and HPV E2 protein 
[53] have demonstrated that if protein binding results in DNA bending, then the 
protein will display a higher affinity for easily bent or “prebent” DNA. Another 
example of enhanced affinity for prebent DNA comes from binding studies of pro-
moter sequences by TBP [188, 189]. The question persists: is this enhanced affinity 
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reflected in an increase in the rate of DNA bending, or a decrease in the rate of 
DNA unbending? Is the DNA already bent in the transition state ensemble?

The role of sequence-dependent DNA flexibility in the ability of IHF to recognize 
its cognate site and the nature of the transition state ensemble were further examined 
by introducing (1) nicks in the sugar–phosphate backbone and (2) mismatches to 
create internal loops, at or near the site of the kinks in the IHF–H¢ complex (Fig. 6.5a).

6.5.1 � Nicks in DNA at or near the Site of the Kinks  
Increase the Bending Rate

Sugimura and Crothers introduced nicks in the sugar–phosphate backbone (Fig. 6.5a) 
at (1) position A (located 1 bp removed from the site of the kink near the A-tract 
in  the H¢ sequence), (2) position B (located in between the two kink sites), and 
(3) position C (located at the site of the other kink). Nick A substrate bound with 
nearly the same affinity for IHF as the intact H¢, Nick B bound with approximately 
twofold higher affinity [81], and Nick C with approximately fourfold higher affinity 
[128, 190]. The stopped-flow measurements showed nearly fourfold increase in the 
bending rates for both Nick A and Nick C, while the bending rates for Nick B were 
unchanged in comparison with the intact H¢ substrate (Fig. 6.5c). Thus, making the 
DNA more flexible at the site of either of the kinks accelerates DNA bending by 
reducing the energetic cost for kinking DNA, while a nick where the DNA is not 
bent in complex leaves the bending rate unchanged. Although both Nick A and 
Nick C enhanced the bending rates, only Nick C showed an enhanced binding 
affinity, indicating that the increased flexibility of the Nick A substrate is fortuitously 
compensated elsewhere in the bent complex in such a way as to accelerate the 
unbending/dissociation rate by roughly the same factor.

The effect of nicks on the binding affinity and the bending rates were modest, 
and the activation enthalpy for the bending of the Nick C substrate was very similar 
to that for the intact H¢ DNA (Fig. 6.5e). These results are consistent with previous 
studies on the structure of nicked DNA that indicate essentially straight DNA in 
solution, highlighting the importance of stacking in maintaining the helical confor-
mation [70, 191–193].

The cocrystal structure of the IHF–H¢ complex was obtained with the Nick A 
substrate (Fig. 6.3b), to facilitate crystal packing [23]. A nick at this site was shown 
not to affect significantly the binding affinity [81, 171], or the bent conformation in 
complex with IHF [171]. Rice and coworkers obtained the cocrystal structure of 
IHF bound to a doubly nicked H¢ substrate, with nicks at positions A and C [128], 
as well as the cocrystal structure of AHU bound to a tight-binding oligomer with 
phased single-T insertions, spaced approximately the same distance apart as the 
kinks in the IHF–H¢ structure [124] (Fig.  6.3c). An overlay of these structures 
(Fig. 6.6) provided a picture of how the nick at position C in H¢ relieves the strain 
in the complex in a manner very similar to DNA substrates with single-T insertions 
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in complex with AHU [128]. Based on the structural information and binding affinity 
measurements, Rice and coworkers suggested that the higher binding affinity of 
IHF for the Nick C substrate is the result of a release of ~0.8 kcal/mol of backbone 
strain in the bent complex, owing to a nick directly at the site of the kink at position 
C [128]. The observation that the bending rate for Nick C increases by nearly the 
same factor as the binding affinity, in comparison with the intact H¢ substrate, 
suggests that the bending strain in the DNA substrate is already relieved in the tran-
sition state, thus also lowering the free energy barrier for DNA bending by the 
same amount.

Fig. 6.6  Comparison of DNA structures in complex with IHF and AHU. (a) A stereoview of a 
superposition of kinked DNA from the IHF–DNA (pink; PDB code: 1IHF) and the AHU–DNA 
(green; PDB code: 1P78) structures shown in Fig. 6.3a, zoomed in on the site of the kink located 
away from the nick in the DNA substrate for IHF. The tips of the b-ribbon arms of IHF and AHU 
are shown in white and gold, respectively, with the intercalating proline residues in yellow. The 
DNA substrate for the AHU complex (Fig. 6.3c) has two single-T insertions near the site of each 
kink, one of which is shown flipped out in the crystal structure, and the other, marked by an asterisk, 
is intercalated. (b) A stereoview of a superposition of kinked DNA from another IHF–DNA structure 
(pink; PDB code: 2HT0), with doubly nicked DNA at positions indicated by Nick A and Nick C 
in Fig. 6.5a, and the AHU–DNA structure (green; PDB code: 1P78). Nick C is directly at the site 
of the kink. This picture illustrates that the strain in the kinked DNA backbone is relieved in a 
similar manner when there is a nick or an extra T at the site of the kink. Figure reprinted from 
[128], with permission from Elsevier
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6.5.2 � How Flexible/Bendable Are Inserted Mismatches  
at the Site of the Kinks?

Grove and coworkers [125, 126] carried out a detailed study of the effect of 
sequence-dependent variations in the flexibility of DNA on binding affinity for 
DNA-bending proteins. The binding of IHF, HU, and the eukaryotic HMGB1 
was measured for DNA substrates whose flexibility was enhanced by mis-
matches that were inserted at various sites along the DNA. When compared to 
perfect DNA duplexes, all three proteins showed higher affinity for DNA 
duplexes containing tandem mismatches at two separate sites, creating four 
nucleotide (4-nt) loops. Optimal increase in affinity was observed when the 4-nt 
loops were separated by 8–9 bp [126]. As an example, a tenfold increase in bind-
ing affinity was obtained for the TT8AT variant of the H¢ sequence, with two 
mismatches separated by 8 bp; one mismatch at the TT site coincident with the 
kink on the A-tract side of the H¢ sequence, and another mismatch at the AT site 
located at the edge of the WATCAR consensus sequence, and shifted 1 bp in the 
3¢ direction from the site of the other kink, so as not to disturb the consensus 
region (Fig. 6.5a).

T-jump measurements on the IHF–TT8AT complex yielded an approximately 
sevenfold increase in the DNA-bending rates (Fig. 6.5e). Therefore, as in the case 
of the Nick C substrate, nearly all the increase in the stability of the IHF–TT8AT 
complex (~1.4 kcal/mol) is reflected in a corresponding smaller free energy barrier 
for bending/kinking DNA. These results demonstrate that any weakening of the 
base-pairing/stacking interactions at or near the site of the kinks enhances the bind-
ing affinities primarily because of the ease with which the DNA can be deformed, 
and which appears in accelerated bending rates. An interesting experiment to fur-
ther probe the contribution of enhanced DNA flexibility to the bending step would 
involve design of H¢ substrates with single-T insertions near the kink sites. The 
~1,000-fold increase in binding affinity of AHU for DNA substrates with single-T 
insertions, reported by Swinger and Rice [128], is already an indication that weak-
ening the stacking interactions at the site of the kinks may significantly accelerate 
the bending rates.

6.5.3 � IHF–H¢ Interactions that Stabilize the Bent Complex  
are Made After the DNA Bending Step

What role does IHF play in the DNA bending step? What interactions between IHF 
and H¢, that stabilize the bent complex, are already present in the transition state 
ensemble separating the nonspecific from the specific complex? One strategy to 
probe the nature of the transition state ensemble is to perturb the complex by modi-
fying the DNA or protein and observing the effects on transition rates. Any pertur-
bation of stabilizing interactions that are formed after the system passes through the 
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rate-limiting transition state should have no effect on the observed DNA bending 
rate (as long as the flexibility of DNA at the site of the kinks remains unmodified). 
On the other hand, any perturbation of interactions that are already formed in the 
transition state should affect the bending rate by the same factor as the binding 
affinity. Such a strategy would be analogous to the f-value analysis pioneered by 
Fersht and coworkers to probe the transition state ensemble for protein folding 
[194], and which has also been applied recently to examine the nature of the 
encounter complex in the binding of the protein HPV16 E2C to DNA [195].

For this purpose, a particularly interesting modification would be the H¢44A 
sequence in which a single mutation of A for T at position 44 of the TTR consensus 
region of H¢ in phage lDNA (Fig. 6.5a), results in a ~100-fold decrease in the binding 
affinity [196]. Crystallographic studies from the Rice group indicate that the TTG 
trinucleotide in the original H¢ consensus sequence results in an over-twist of the 
DNA helix at the TG step that allows a chain of salt bridges (ionic interactions) to 
be made with three amino acid residues of IHF [196]. In the TAG sequence, the 
twist is spread out more evenly, thus disrupting the specific ionic interactions. This 
result illustrates how sequence-dependent variation in the “twistability” of DNA is 
exploited by IHF to recognize a part of its binding site. Kinetics measurements on 
the IHF–H¢44A complex showed that, despite the significant decrease in the binding 
affinity of the H¢44A substrate relative to H¢, the bending rates remained unchanged 
(Fig. 6.5e), indicating that the specific interactions that IHF makes with the TTR 
consensus site of H¢ are not yet made in the transition state ensemble [185].

Similar conclusions were drawn from measurements of H¢ bending kinetics in 
complex with IHF mutants that perturb electrostatic interactions between the posi-
tively charged wrapping surface of IHF and the bent DNA, by substitution of posi-
tively charged residues for neutral residues at locations where IHF makes close 
contact with the DNA backbone. Kinetics measurements on three such mutants 
(Fig. 6.5b), aK5A (Lys →Ala at position 5 of the a-chain), bK84A (Lys →Ala at 
position 84 of the b-chain), and aR21C (Arg →Cys at position 21 of the a-chain), 
yielded less than twofold change in the DNA-bending rates (Fig. 6.5f), despite nearly 
60-fold decrease in binding affinity of aK5A and bK84A for H¢, again indicating 
that each of these contacts are made after the transition state ensemble [185].

6.6 � Recognition of Cognate Site by IHF Occurs in Two Steps

The microsecond sensitivity of the T-jump technique has begun to reveal two 
distinct phases in the kinetics traces for the IHF–H¢ system (Fig. 6.7a), with a previ-
ously undetected fast phase appearing at ~100 ms, and a slower phase between ~1 
and 10 ms (Fig. 6.7d) [185]. Thus, the mechanism by which IHF recognizes and 
binds tightly to its cognate site appears to involve at least two steps (Fig. 6.7c). The 
origin of the fast phase remains to be fully investigated. Kinetics measurements on 
the TT8AT substrate (Fig. 6.7e), together with two additional substrates, the TT-loop 
(with the 4-nt loop located on only one kink site), and the AT-loop (with the 4-nt 
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loop located on the other kink site), provide a clue. All three variants of the H¢ 
substrate showed two phases [185]. However, in each case, only the slower phase 
was accelerated by the insertion of the 4-nt loop, whether on one kink site or the 
other or both, while the fast phase remained unchanged [185]. These results suggest 
that the two steps do not reflect sequential bending of the two flanking arms of 

Fig. 6.7  Biphasic kinetics observed for the unimolecular bending step in the IHF–H¢ complex. 
(a) Relaxation kinetics trace in response to a ~7°C T-jump (from 25°C to 32°C) for the IHF–H¢ 
complex, probed by fluorescence changes of the donor (fluorescein) at 520 nm, is plotted versus 
time on a logarithmic scale. The red line represents a fit to the relaxation kinetics in terms of a 
distribution of relaxation times (data from [185]). (Inset) The distribution of relaxation times 
(t

r
 = k

r
−1) that best describes the relaxation kinetics shows two distinct peaks at ~100 ms and ~1 ms. 

(b) Measurements on a control sample, with donor-only labeled strand of DNA, in the absence of 
IHF, show no kinetics in the time range of 30 ms–10 ms. The red line represents a horizontal fit to 
the data points. (c) A free energy schematic illustrating two steps in the bending kinetics. The first, 
rapid step, appears to be independent of variations in the H¢ sequence. The second, slow step, is 
unaffected by the H¢44A mutation but gets faster for the TT8AT substrate, by roughly the same 
factor as the increase in binding affinity. (d, e) Relaxation rates for the two components (circles: 
fast phase; triangles: slow phase) are plotted as a function of inverse temperature for IHF–H¢ 
(filled black circle, filled black triangle), IHF–TT8AT (filled red circle, filled red triangle), and 
IHF–H¢44A (filled blue circle, filled blue triangle). The continuous lines represent Arrhenius fits 
to the two separate components for each sample. The dashed black lines in (e) represent the 
Arrhenius fits to the two components of the IHF–H¢ complex, reproduced from (d)
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DNA but, instead, from a partially bent intermediate state, whose bending dynamics 
appear to be independent of DNA flexibility at the kink sites. In H¢44A, where the 
modification in the TTR consensus site of the H¢ sequence is removed from the site 
of the kinks, neither of the two components in the bending kinetics are significantly 
affected (Fig. 6.7e).

One plausible explanation for the rapid phase is that it corresponds to a sequence-
nonspecific bending of DNA, due to asymmetric neutralization of the phosphate 
charges on one face of the DNA [197–199]. Maher and coworkers demonstrated 
spontaneous bending of DNA when the charge on one helical face was modified, 
either by incorporation of neutral phosphate analogs [200] or by tethering cations 
on bases to form ions pairs with phosphates [201], resulting in a DNA bend in the 
direction toward the reduced charge. Nonspecific bending of DNA has also been 
observed in protein–DNA complexes, in which the charges on the protein binding 
surface are modified by substitution of uncharged residues by charged residues, 
with the DNA bending toward the protein if the excess charges are positive, and 
away from the protein if the excess charges are negative [202–205].

In the case of IHF, both the b-arms of the protein as well as the protein surface 
between the arms are lined with positive charges, and it is likely that the protein 
partially bends DNA even in its nonspecific binding mode, with perhaps the b-arms of 
IHF weakly wrapped around DNA. This rapid bending phase could represent fast 
scanning of potential binding sites by IHF during random target search. The slow 
phase would then be the ultimate recognition step. Direct measurements of the wrapping/
unwrapping dynamics of the b-arms, for example, by introducing Trp residues at suit-
able positions on the arms, could be a key experiment to resolve the origin of the fast 
phase, and to add insight into DNA binding site recognition and bending by IHF.

6.7 � Concluding Remarks

This chapter has discussed recent progress in monitoring the DNA binding and 
bending dynamics in site-specific recognition by IHF, an architectural protein from the 
eubacterial family of DNA-bending proteins ubiquitous in prokaryotes. This family of 
proteins provides a paradigm for investigating indirect readout of DNA sites and the 
mechanics of DNA bending. IHF recognizes several sites on phage l DNA, and 
sharply bends the DNA at its cognate site by nearly 180° over about 35 bp, creating 
two kinks in the bent DNA stabilized by intercalation of highly conserved proline 
residues, located on two b-ribbon arms that wrap around the DNA in the complex.

Stopped-flow measurements on the IHF–H¢ complex, together with laser T-jump 
studies, provided the first direct observation of the unimolecular bending kinetics 
of DNA. These measurements resolved a long-standing question as to whether 
binding and bending of DNA by DNA-bending proteins must occur in a concerted 
manner, or can be sequential, and demonstrated distinct binding and bending steps. 
DNA bending in the IHF–H¢ complex occurs on the same time scale as thermal 
disruption of a single base pair in B-DNA, indicating that spontaneous bending/
kinking of DNA by thermal disruption of base-pairing/stacking interactions may be the 
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rate-limiting step in the DNA conformational change responsible for high-affinity 
recognition of the specific binding site. Modifications in the H¢ sequence that 
increase its flexibility at the site of the kinks accelerate the bending rates, as 
expected because of the reduced energetic cost of bending DNA. On the other hand, 
modification in a consensus region well removed from the site of the kink, designed 
to perturb specific protein–DNA contacts, leaves the bending rates unchanged 
despite a 100-fold decrease in the binding affinity. Similarly, IHF mutants have 
been prepared with neutral residues replacing positively charged residues at sites 
where the flanking DNA arms on either side of the kinks make close contact with 
the protein. These mutants do not affect DNA bending rates, although the binding 
affinity decreases ~60-fold.

T-jump measurements also revealed a previously undetected rapid phase in the 
bending kinetics, occurring on time scales of ~100 ms. In contrast to the relaxation 
rates for the slow phase, which are affected by modifications in the DNA that make 
it more flexible at the site of the kinks, the relaxation rates for the fast phase appear 
to be unaffected. An attractive possibility, that remains to be explored, is that this 
rapid phase corresponds to the wrapping and unwrapping of the b-arms of the protein 
in a nonspecific binding mode, as IHF scans potential binding sites.

IHF–H¢ is the only protein–DNA complex for which the rates of the unimolecular 
bending step have been reported within the time resolution of stopped -flow. It is 
possible that the rather severe bend induced in DNA by IHF, together with the fact 
that the DNA must kink at two sites, makes for slow (millisecond) recognition of its 
binding site. It is unknown how quickly DNA bends during formation of complexes 
with other DNA-bending proteins. An outstanding question remains: how fast is the 
recognition step in comparison with the time required for protein scanning in the 
vicinity of a potential binding site. Direct visualization of protein sliding on DNA 
has yielded one-dimensional diffusion constants in the range of ~2 × 103 to 
3 × 106 bp2/s [206–210], which correspond to stepping times per bp of ~200 ns to 
~500  ms. Sequence-specific DNA-binding proteins must recognize their binding 
sites faster than they diffuse away. The experimental tools at hand now present an 
exciting opportunity to gain insight into the time scales of binding site recognition.
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7.1 � The DNA Persistence Length Problem in Brief

DNA is the genetic material in most organisms. Extremely long DNA molecules 
(1  m per haploid genome in the case of humans) must be packaged, replicated, 
repaired, and transcribed within living cells [1]. Remarkably, DNA is among the 
stiffest of all natural polymers, both in terms of resistance to bending and to twisting. 
What is the origin of this DNA stiffness and what mechanisms do cells use to manage 
it? These are the questions that motivate our work in this area.

The stiffness of purified DNA is perhaps most directly measured by ring closure 
experiments catalyzed by DNA ligase [2–5]. The cyclization probability reflects the 
relative concentration of one DNA terminus in the vicinity of the other and is quan-
tified as the J factor (units of molarity). The length dependence of the J factor is 
predicted well by application of the worm-like chain model (7.1) over a wide range 
of DNA lengths [6–12]:
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where L is the contour length, <R2> is the mean squared end-to-end distance, and 
P is the polymer persistence length (~140 bp or 47.6 nm for DNA under physiologi-
cal conditions).

Plots of the theoretical dependence of the J factor on DNA chain length are 
informative. An example is shown in Fig. 7.1a. Three important conclusions are 
evident from this plot. First, the maximum likelihood of DNA cyclization occurs at 
~500 bp, and the probability of cyclization falls dramatically for shorter sequences. 
Second, the length dependence of cyclization rapidly diminishes for chains longer 
than 500 bp. Third, the twist inflexibility causes a striking sinusoidal oscillation in 
J factor when DNA end alignment is considered. This twist inflexibility rapidly 
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decays for lengths above 500 bp. These results express the fact that DNA molecules 
of length P have an average R/L ratio of (2/e)0.5 (i.e., ~0.9) and shorter molecules 
are increasingly rod like. In contrast, long DNA molecules behave in a more flexible 
manner, with end-to-end distance scaling as (2PL)0.5. Thus, short DNAs are rod like 
(rigid) and long DNAs are threadlike (flexible). This result has crucial implications 
for DNA function. Active compaction of even long thread-like DNA is required in 
viruses and cells. Although the 1-m human genome is predicted to spontaneously 
collapse into a coil with end-to-end distance of ~400 mm, the diameter of the human 
cell nucleus is ~7 mm, requiring an additional ~60-fold compaction. More impor-
tantly, gene regulation and recombination often requires interaction between 
proteins bound to DNA sites separated by a few hundred base pairs or less. 
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Fig.  7.1  Conceptual role of HMGB proteins in modulating apparent DNA stiffness.  
(a) Length-dependent DNA flexibility predicted by the worm-like chain (WLC) model in DNA 
cyclization experiments. The J factor measures end-to-end concentration sensitive to helical align-
ment. The inset expands a portion of the length range. (b) Schematic illustration of the potential 
of HMGB proteins (triangles) to induce a random ensemble of collapsed DNA structures with 
enhanced J factors. Members of this ensemble cyclize more rapidly than naked DNA. Adapted 
from Zimmerman and Maher [62]
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Over these distances, the rod-like character and twist inflexibility of DNA are 
dramatic and should to create large energy barriers to protein–protein contacts.

A compelling puzzle has emerged when the in vitro and in vivo physical proper-
ties of DNA are compared. DNA appears to be more flexible in vivo than in vitro. 
Classic experiments have shown DNA looping to be the mechanism of repression 
in the Escherichia coli lac operon. Detailed analysis led Record et al. to estimate 
DNA bend and twist flexibilities in  vivo that are sevenfold and twofold higher, 
respectively, than in vitro [13–15]. A recent updated analysis by Zhang et al. places 
the discrepancies at 1.6-fold and threefold, respectively [16]. What is the origin of 
this apparent DNA “softening” in vivo? It seems unlikely that DNA has intrinsi-
cally different physical properties in bacteria. Rather, it is hypothesized that the 
apparent difference is due to factors such as negative supercoiling and DNA-
binding proteins present in vivo. Travers [17], Crothers [18], and Johnson [19–21] 
originally proposed that sequence-nonspecific architectural proteins are capable of 
transient binding and kinking of DNA and contribute to reduced apparent DNA 
persistence length (Fig.  7.1b). Such factors could facilitate the tight bending of 
DNA required for looping in recombination and gene control. Johnson et  al., as 
well as others [22–24], identified specific architectural proteins capable of these 
effects, including the heat unstable (HU) protein in bacteria and high-mobility 
group B (HMGB) proteins in yeast, insects, and vertebrates [25].

7.2 � HMGB Background

7.2.1 � HMGB In Vitro Characteristics and Properties

High-mobility group (HMG) proteins are abundant eukaryotic chromatin-associated 
proteins named for their small size and high mobility on polyacrylamide gels. The 
HMG proteins encompass three broad families that are unrelated in sequence and 
structure [26–29]. First, HMGA family members contain AT-hook motifs. Second, 
HMGN proteins contain a nucleosome-binding domain. Finally, HMGB family 
members (the focus of this chapter) can be sequence-specific or nonspecific and con-
tain highly conserved HMG “box” motifs. Sequences and structures of representative 
HMGB proteins are illustrated in Fig.  7.2 and compared with the unrelated E. coli 
HU protein [30, 31]. The structure of a designed two-box HMGB protein complex 
with DNA has also recently been reported [32]. Interestingly, DNA bending by two-
box HMG proteins can be less than by single-box proteins because the bends induced 
by the two-box protein may be out of phase. While different in structure, HU and 
HMGB proteins both cause strong bending of DNA with little or no sequence speci-
ficity. Both proteins combine the action of one or more amino acid side chains as 
intercalative “wedges” in the minor groove with additional favorable electrostatic 
interactions and asymmetric charge neutralization (Fig.  7.2b, see Nhp6A). The HU 
protein is abundant with ~25,000 heterodimers per cell during exponential growth. 
HU appears to bind and kink DNA in the E. coli GAL repression loop in vivo and 
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in  vitro [22–24]. HMGB proteins are also abundant with ten different HMG box 
proteins in yeast and the similar HMGB1 and HMGB2 proteins of mammals present 
at one HMGB protein per ~15 nucleosomes. Sequence-nonspecific HMGB proteins 
contain one or two HMG boxes. Each box encodes amino acids that form three alpha 
helices to engage DNA as an “L”-shaped structure (Fig.  7.2b). This module widens 
the DNA minor groove through partial intercalation of one or more amino acid side 
chains between base pair stacks (Fig.  7.2a, boxes) [25, 33]. These perturbations cause 
strong DNA bending away from the engaged DNA surface. The HMG box A of 
mammalian HMGB1 (Fig.  7.2b, left) is shown bound to a DNA segment distorted by 
platinum cross-linking [34]. Figure   7.2b (right) depicts the structure of the yeast 
single-box protein Nhp6Ap complexed with unmodified DNA [35]. Putative interca-
lating residues are shown in dark blue. Nhp6Ap also contains a strongly cationic 
leader sequence (Fig.  7.2b, right, magenta) positioned in the major groove to asym-
metrically neutralize the compressed sugar–phosphate backbone. This interaction 
apparently contributes significantly to DNA bending [36]. Thus, DNA bending by 
HMGB proteins involves a combination of minor groove widening, amino acid wedg-
ing, and asymmetric charge neutralization. HMGB proteins appear to be partially 
unstructured when not bound to DNA and electrostatic forces have been shown to 

HMGB1A GKGDPKKPRGKMSSYAFFVQTCREEHKKKHPDASVNFSEFSKKCSERWKTMSAKEKGKFEDMAKADKARYEREMKTYIPPKG
HMGB1B  FKDPNAPKRPPSAFFLFCSEYRPKIKGEHP-G-LSIGDVAKKLGEMWNNTAADDKQPYEKKAAKLKEKYEKDIAAYRAKGK
HMGB2A GKGDPNKPRGKMSSYAFFVQTCREEHKKKHPDSSVNFAEFSKKCSERWKTMSAKEKSKFEDMAKSDKARYDREMKNYVPPKG

NHP6A  KKKDPNAPKRALSAYMFFANENRDIVRSEND-D-ITFGQVGKKLGEKWKALTPEEKQPYEAKAQADKKRYESEKELYNATLA
LEF-1        HIKKPLNAFMLYMKEMRANVVAECT-L-KESAAINQILGRRWHALSREEQAKYYELARKERQLHMQLYPGWSARDN

* *

I II IIIa

b

HUHMGB1(A) Nhp6Ap

c

Fig. 7.2  HMGB protein sequence and structure. (a) Conserved HMG box sequences from mammalian 
double-box proteins HMGB1 and HMGB2, yeast single-box protein Nhp6Ap, and the mamma-
lian sequence-specific HMGB single-box protein LEF-1. Conserved alpha-helical segments are indicated 
by numbered rectangles (above). Primary intercalating residues that interact with the DNA minor 
groove are boxed and highlighted by asterisks. (b) Structures of HMGB1 box A interacting with 
platinum-cross-linked DNA (left, pdb code 1ckt [34]), and yeast Nhp6A (center, pdb code 1j5n [30]). 
HMGB intercalating residues are shown in dark blue, and the cationic leader of Nhp6Ap is shown in 
magenta. (c) The bacterial architectural protein HU (pdb code 1p78 [31, 83]). Adapted from 
Zimmerman and Maher [62]
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dominate van der Waals and hydrogen bonding interactions in both DNA binding and 
bending by sequence-nonspecific HMGB proteins [36]. While strong sequence-
nonspecific bending by the prokaryotic nucleoid protein HU involves minor groove 
interactions, a completely different scaffold is involved (Fig.  7.2b, left).

Though similar, subtle features of “A box” and “B box” domains of two-box 
mammalian HMGB proteins can be distinguished [25]. The A box domain differs 
in the shape and orientation of helix I and the identity of potential intercalating resi-
dues. Isolated A box domains are less effective at DNA bending [20]. The sequence 
of human HMGB2(box A) [hereafter, HMG box domains A and/or B are indicated 
in parentheses, e.g., HMGB2(A)] is illustrated in Fig.  7.2a. Whereas the intercalating 
phenylalanine in helix II is present in both box A and box B domains of two-
box HMGB proteins, the alanine in helix I does not intercalate strongly [25]. Boxes 
A and B are also distinguished by the lengths and geometries of helices I and II, 
with helix I being short and straight in box A, but bent in box B [25]. The single-
box HMGB protein Nhp6Ap conforms to the box B family (Fig.  7.2). Nhp6Ap is 
distinguished from HMGB2(A) by the identity of the intercalating residue in helix I 
(methionine in Nhp6Ap), a longer helix I, and a highly cationic leader sequence. 
Characteristics of HMGB proteins have been reviewed [17, 18, 28, 29, 37–40]. 
Early results characterized HMGB proteins as specific for binding distorted DNA, 
as in cruciform structures and chemical cross-links [34, 41, 42].

Despite the in vitro evidence that HMGB proteins can enhance apparent DNA 
flexibility by sequence-nonspecific DNA kinking, the actual in vivo functions of 
HMGB proteins remain unknown. Just as deletion of genes encoding the E. coli HU 
protein causes a nucleoid structure defect and other problems [21, 43, 44], deletion 
of mammalian HMGB1 causes neonatal death in mice due to hypoglycemia of 
unknown origin [45]. The Saccharomyces cerevisiae single-HMG-box proteins 
Nhp6Ap and Nhp6Bp result from apparent gene duplication [46, 47]. Deletion of 
these genes causes a temperature-sensitive growth phenotype in yeast that has been 
shown to result from the role of Nhp6 proteins in transcription of the U6 small 
nuclear RNA by RNA polymerase III [48, 49].

Besides their role as architectural factors, HMGB proteins have been proposed 
as catalytic facilitators in transcription factor binding [19, 50–52], components of 
the FACT complex that facilitates transcription through chromatin [53], cofactors 
in DNA repair [54], and modifiers of chromatin structure [40]. Remarkably, 
mammalian HMGB proteins are also recognized as extracellular hormones in 
cardiac pathology [55]. Thus, much remains to be learned of these proteins. This work 
summarized here has provided some new insights.

7.2.2 � The Mystery of HMGB Function In Vivo

The actual roles for HMGB proteins in living cells remain uncertain and controversial. 
Some possibilities are illustrated in Fig. 7.3. The original studies of Johnson et al. 
[19, 20] emphasize the ability of HMGB proteins to replace HU in supporting 
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tightly bend DNA structures required for recombination (Fig. 7.3a). The fact that 
HMGB proteins could improve the growth and morphology of HU mutant E. coli 
also suggested a potential role for HMGB proteins in general DNA compaction 
[21]. Interestingly (perhaps surprisingly), these authors showed that the yeast 
HMGB proteins Nhp6A/B also enhanced Gal4-dependent gene transcription by a 
mechanism that seemed to involve functions of the GAL1 core promoter rather 
than facilitation of DNA looping between the core promoter and Gal4p-binding 
site [19]. On the other hand, a fascinating recent study of factors that restrict gene 
activation to short distances in yeast revealed that mutation of the HMGB gene 
SPT2 caused gene activation to occur over longer distances, consistent with a 
role of Spt2p in reducing average loop distances by enhancing DNA flexibility 
[56]. Spt2p has also been implicated as a chromatin component that participates 
in proper recruitment of the machinery responsible for mRNA cleavage and 
polyadenylation [57].

a b c

d e

pol

pol

rDNA

p53

p53

p53

Fig. 7.3  Proposed roles for HMGB proteins. (a) As originally discovered by Paull et  al. [20], 
mammalian HMGB1 and HMGB2 (red triangle) can substitute for bacterial HU during in vitro 
DNA inversion recombination by Hin recombinase (gray circles). (b) As proposed by Travers 
[40], HMGB proteins could deform DNA near the nucleosome entry point. The result could be 
loosened chromatin structure and facilitation of nucleosome migration and transcription factor 
binding. (c) Possible role of yeast Nhp6A in altering core DNA/histone interactions to facilitate 
transcription through chromatin [58]. (d) Possible reorganization of normal euchromatin into an 
alternate chromatin structure containing the yeast HMGB protein Hmo1p at highly transcribed 
ribosomal gene clusters (rDNA) [61]. (e) “Catalytic” role for HMGB proteins in facilitating tran-
scription factor binding, noting the example of p53 [51]
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The preference of HMGB proteins for distorted DNA suggests the possibility that 
nucleosome binding is involved in the dominant HMGB function. Travers has pre-
sented a thoughtful proposal [40] for HMGB involvement in “priming” of nucleosomes 
for displacement by sliding (Fig.  7.3b). Yeast Nhp6 proteins are also known to be 
components of the FACT complex that enhances RNA polymerase transcription 
through chromatin. This observation and subsequent experiments have suggested a 
rather different role (Fig. 7.3c) for HMGB protein binding to core (rather than entry 
point) nucleosomal DNA during modification of chromatin structure [58].

Recent studies of the yeast single-HMG-box Hmo1 protein [59] reveal an entirely 
different possibility for this HMGB protein. Approximately 10% of the yeast 
genome and 60% of all yeast RNA transcripts encode ribosomal RNAs. The peculiar 
chromatin structure at active ribosomal genes appears to be devoid of histones, but 
is enriched in Hmo1p [60, 61]. This intriguing result suggests that HMGB proteins 
could replace histone octamers in the formation of an alternative “chromatin” of 
unknown structure (Fig. 7.3d). Finally, there is evidence that HMGB proteins can 
facilitate transcription factor or repair protein binding to DNA [19, 50–52, 54]. In at 
least one curious case involving p53, the role appears to be catalytic (Fig. 7.3e).

7.3 � Overview of Recent Contributions

7.3.1 � HMGB Mechanism from the Single-Molecule Perspective

Some of the in vitro properties of purified HMGB proteins were illustrated in our 
recent experiments to test the hypothesis that HMGB interactions with DNA are 
transient. The study used conventional ensemble experiments [62]. We tested our 
hypothesis by adding HMGB proteins to create distorted DNAs with rapidly 
interconverting conformations. We showed that optimal HMGB concentrations 
indeed enhance ligase-mediated cyclization (Fig. 7.4a). Using timed competition 
with unlabeled competitor DNA, electrophoretic gel mobility shift experiments 
showed that HMGB proteins are rapidly exchanging on and off the DNA such that 
all the proteins had exchanged onto unlabeled competitor within 60 s (Fig. 7.4b). 
Thus, HMGB binding was found to be both weak and transient under conditions 
where DNA cyclization is strongly enhanced. During the course of this work, we 
also detected novel complexes in which HMGB proteins simultaneously bind more 
than one DNA duplex when elevated concentrations of DNA are present (Fig. 7.4c). 
This interesting result is observed for both single-box and double-box proteins, 
suggesting that HMGB proteins can bridge DNA segments that cross forming 
nodes [62].

We recently applied ensemble experiments to understand the importance of 
amino acid residues that distinguish box A-like and box B-like HMGB proteins 
[63]. As described above, box A and box B homology domains have subtle 
sequence differences such that box B domains bend DNA strongly, while DNA 
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Fig.  7.4  In vitro activities of rat HMGB1. (a) Enhancement of ligase-mediated cyclization of 
195-bp radiolabeled DNA (“Lin”) to form circles (“Cir”). Heat-treated HeLa cell nuclear extract 
(“HeLa NE”) and purified recombinant rat HMGB1(A + B) enhance cyclization in a ligase and 
protein concentration-dependent manner. Lanes 5–9 correspond to HMGB1(A + B) concentrations 
of 1.6, 8, 40, 200, and 1,000 nM, respectively. (b) Transient nature of HMGB–DNA complexes 
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bending by isolated box A domains is weaker. We applied DNA T4 ligase-mediated 
cyclization kinetics assays in vitro (Fig. 7.5a) to show that an isolated HMG box A 
domain derived from human HMGB2 folded poorly and did not enhance apparent 
DNA flexibility in this in vitro assay. The application of formal cyclization kinetics 
analysis (Fig.  7.5b) is important to distinguish enhancement of apparent DNA 
flexibility from simple enhancement of end joining. We found that substitution of 
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Fig. 7.5  Cyclization kinetics and modeling of DNA flexibility enhancement by HMGB proteins. 
(a) Effects of Nhp6Ap and HMGB1(A + B) on DNA ligase-mediated cyclization kinetics of 200-
bp DNA. (b) Approach to calculate experimental J factors from cyclization data. (c) Modeling by 
Monte Carlo simulation to explore cyclic DNA chain conformations (cyan) whose probabilities 
are enhanced by HMGB proteins (Nhp6A proteins in this example; red)

Fig. 7.4  (continued) revealed by binding to 0.5 nM labeled DNA followed by addition of 1 mM 
unlabeled competitor and electrophoresis after the indicated competition times. HMGB1(A + B)-DNA 
complexes (lanes 2 and 4) completely exchange with unlabeled DNA within 1 min of competition 
(lane 5). (c) Interaction of 0.5 nM labeled duplex DNA (lane 1) with 400 nM HMGB1(A + B) alone 
(lane 2) or with addition of the indicated nanomolar concentrations of unlabeled duplex DNA (lanes 
3–7). The novel complex involving HMGB1(A + B) protein bridging labeled and unlabeled DNA 
duplexes is indicated (asterisks). Adapted from Zimmerman and Maher [62]
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a small number of cationic residues from the N-terminal leader of a functional yeast 
box B protein, Nhp6Ap, rescued the ability of HMGB2A to enhance DNA flexibility. 
These results demonstrated important roles for cationic leader amino acids of 
Nhp6A in protein folding, DNA interaction, and DNA bending. Our experimental 
studies of HMGB protein enhancement of apparent flexibility are being supple-
mented with theoretical modeling of the results. Figure 7.5c shows an example of 
results of Monte Carlo modeling of HMGB effects on DNA ring closure (Rueter, 
Czapla, Peters, Maher, Olson, unpublished results).

The Maher, Williams, and Israeloff laboratories have been collaborating to apply 
single-molecule methods to analyze HMGB protein mechanisms. Our original 
work [64] involved single-molecule analysis of HMGB effects on apparent DNA 
flexibility using optical tweezers (Fig.  7.6a) to measure the forces required to 
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Fig. 7.6  Single-molecule force spectroscopy studies of HMGB effects on apparent DNA persis-
tence length. (a) Diagram of optical tweezers instrumentation with laser trap focused on the bead 
at right, with tension exerted by movement of the bead at left. Phage l DNA is captured by its 
termini. Force-extension data are collected and fit to the WLC model to extract the apparent DNA 
persistence length in the absence or presence of DNA-binding proteins. (b) Decrease in apparent 
DNA persistence length induced by human HMGB2(A) protein. The naked DNA persistence 
length was ~45 nm (132 bp), vs. ~3 nm (9 bp) for 8 nM HMGB1 in 50 mM Na+. (c) Decrease in 
apparent DNA persistence length in the presence of human HMGB2(A) compared to rat 
HMGB1(A + B). Adapted from McCauley et al. [64, 66]
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stretch single-DNA molecules. Parameters describing DNA flexibility, including 
contour length and persistence length, were revealed. In the presence of nanomolar 
concentrations of isolated HMG box A from HMGB2, DNA showed a decrease in 
its persistence length, where the protein induced an average DNA bend angle of 
114 ± 21° for 50 mM Na+. The DNA contour length increased from 0.341 ± 0.003 to 
0.397 ± 0.012 nm/bp, independent of salt concentration. In 50 mM Na+, the protein 
did not unbind even at high DNA extension, while in 100 mM Na+, the protein unbound 
only below concentrations of 2 nM. These observations supported a flexible hinge 
model for non-cooperative HMG binding at low protein concentrations. These 
studies are consistent with the results of Marko et al. [65]. However, at higher pro-
tein concentrations, a cooperative filament mode was observed instead of hinge 
binding. This mode was uniquely characterized by high-force optical tweezers 
experiments [64]. A key result from this work was the effect of the HMG domain 
on DNA persistence length (Fig. 7.6b).

We continued this work by studying the effects of single- and double-HMGB 
box proteins on single-phage lambda DNA molecules [66]. A dual beam optical 
tweezers was used to extend double-stranded DNA in the absence and presence of 
a single-box derivative of human HMGB2 [HMGB2(A)] and a double-box deriva-
tive of rat HMGB1 [HMGB1(A + B)]. The single-box domain was observed to 
reduce the persistence length of the double helix, generating sharp DNA bends with 
an average bend angle of 99 ± 9°, and at very high concentrations also stabilized 
double-stranded DNA. The double-box motif contains two consecutive HMG box 
domains joined by a flexible tether. This protein also reduced the DNA persistence 
length, inducing an average bending angle of 77 ± 7° and stabilizing dsDNA at 
much lower concentrations. These results suggested that the single- and double-box 
proteins both increase DNA flexibility and stability, but the effects are achieved at 
lower concentrations for the double-box protein at constant monovalent salt 
concentration. A key result is shown in Fig. 7.6c.

We recently published atomic force microscopy (AFM) data [67] relevant to the 
mechanism of HMGB enhancement of apparent flexibility. Details of induced DNA 
bending were studied by examining complexes of double-stranded DNA with 
HMGB2(A) and HMGB1(A + B) using AFM in tapping mode in air (Fig. 7.7a, b). 
DNA end-to-end distances and local DNA bend angle distributions (Fig. 7.7c) were 
analyzed for protein complexes deposited on a mica surface. For HMGB2(A) bind-
ing, we found a mean induced DNA bend angle of 78° with a standard deviation of 
23°, while HMGB1(A + B) binding gave a mean of 67° and a standard deviation 
of 21°. These results were consistent with analysis of the observed global persis-
tence length changes derived from end-to-end distance measurements, and with 
results of DNA stretching experiments. The distributions of bend angles induced by 
both proteins were moderately broad. This result is inconsistent with either a static 
kink model or a freely flexible hinge model. Thus, the HMGB mechanism for 
enhancement of apparent DNA flexibility must be intermediate, differing from that 
of the E. coli HU protein, which in previous studies showed a very broad angle 
distribution consistent with a flexible hinge model.



154 L.J. Maher, III

7.3.2 � HMGB Mechanism in an E. coli DNA Looping Model

Can the effects of HMGB proteins on apparent DNA stiffness be studied quantita-
tively within living cells? An in vivo lac repression looping assay [13–15, 43, 68–71] 
was originally conceived (independently) by Record et al. and Müller-Hill et al. 

20 60 100 140

DNA bend angle (˚)

nu
m

be
r 

of
 b

en
d 

an
gl

es

180

20

40

0

0.74

−0.22

)
m

n( t
h

gie
h

position (µm)
0.2 0.8

he
ig

ht
 (

nm
)

0

0.6

a

b

c

Fig. 7.7  AFM analysis of DNA bend angles induced by HMGB2(A). Linear plasmid DNA is deposited 
from dilute Mg+2 solution onto mica and dried. Imaging was by tapping. (a) Image of 0.09 nM DNA 
in the presence of 3.1  nM HMGB2(A) colored to show height information. (b) Calculated height 
information based on (a), distinguishing bound HMGB proteins (upper line that transects protein/DNA 
complexes) from DNA alone (lower line). (c) Distribution of HMGB protein-induced DNA bend 
angles showing a moderately broad angle distribution inconsistent with either a flexible hinge or a static 
kink model of HMGB mechanism. Adapted from Zhang et al. [67]
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in their studies of constraints on DNA repression loops in living bacteria due to 
inflexibility of the repressor protein and looped DNA. As shown in Fig. 7.8a, the 
lacZ reporter gene is placed downstream from a simple promoter that overlaps a 
very weak lac repressor-binding site (O

2
 operator). This gene is poorly repressed, 

but repression can be dramatically enhanced by placement of a strong operator 
(O

sym
) upstream of the promoter. It was found that analysis of lacZ repression as a 

function of operator spacing provided a very sensitive assay of the bending and 
twisting flexibility of DNA in vivo [1, 13, 16, 43, 68, 72]. When the operators are 
out of phase (Fig. 7.8b), looping is energetically unfavorable due to the need for 
DNA twisting. When in-phase (Fig. 7.8c), looping is facilitated because the local 
concentration of repressor at O

2
 by virtue of proximity to O

sym
 is actually higher 

than the concentration of free repressor.
The E. coli lac looping system is amenable to quantitative analysis (e.g., Fig. 7.8d, e). 

Here, the lower panels show the b-galactosidase (product of the lacZ reporter gene) 
activity extracted from living cells as a function of operator spacing for constructs 
inserted into the large F′ episome of E. coli. Cells are analyzed for b-galactosidase 
activity in the absence (uninduced) or presence (induced) of IPTG, a lactose analog 
that reduces affinity for lac repressor for DNA. The ratio of the induced:repressed 
activities (the so-called repression ratio) is shown in the upper panels. Thermodynamic 
modeling is then possible by several approaches [13, 14, 16, 43, 68, 72, 73]. Fitting the 
oscillating plots of the repression dependence on operator spacing [13, 43, 68] 
suggests that the in vivo apparent DNA torsional modulus is ~fourfold lower than the 
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ing (ind) or repressing (rep) conditions shown as repression ratio (above) or normalized reporter 
gene activity (below). The irregular pattern in upper panel is due to dephasing of sinusoidal patterns 
in lower panel. (e) Repression looping is inhibited in the absence of the architectural protein HU 
(data points and red lines). (f) Rescue of DNA looping by a variant of the yeast Nhp6A protein (data 
points and red lines) in the absence of the architectural protein HU. Data from panel D are shown in 
gray for comparison. Adapted from Becker et al. [73]
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accepted range of approximately 2–4 × 10−19 erg cm for naked DNA in dilute solution 
[74]. DNA-bending stiffness did not appear to affect looping for loop sizes of 60–90 bp 
[43, 68]. Such short loops are highly unfavorable in naked DNA [75], though exactly 
how unfavorable has been the subject of recent debate [12, 76, 77].

We originally recreated an in vivo E. coli lac-operon-based system for measuring 
apparent DNA bend and twist flexibility in vivo [43]. The dependence of reporter 
gene repression on lac operator spacing reflects the in vivo energetics of forming 
the small DNA repression loop involving bending and twisting strain. The key 
results of our original work were that (1) binding of inducer alters both the affinity 
of lac repressor for DNA and also the geometry of residual repression loops and 
(2) deletion of the E. coli HU protein drastically destabilizes small repression loops 
(compare Fig. 7.8d and e), an effect that can be partially overcome by the expres-
sion of a heterologous HMGB protein (Fig. 7.8f). These results showed for the first 
time that the inherent inflexibility of DNA restrained looping and modulated by HU 
in vivo. Strikingly, analysis of these data has suggested that the in vivo physical 
properties of the repressor loop DNA in the absence of HU more closely match the 
behavior of naked DNA in solution [16].

The fact that eukaryotic HMGB proteins can complement bacterial HU deficit 
[21, 43, 63, 73] is actually quite remarkable. HMGB and HU proteins share no 
sequence homology and interact with the DNA minor groove using very different 
strategies (Fig.  7.2b). Bacterial chromatin lacks nucleosomes, and it seems unlikely 
that bacterial proteins can guide HMGB proteins to DNA-binding sites. In spite of 
this seemingly inhospitable environment, HMGB proteins and variants are capable 
of addressing fundamental and universal challenges of DNA compaction as they 
rescue DNA looping in cells lacking HU.

We took advantage of this in vivo system to explore effects of other architec-
tural proteins [78] on apparent DNA flexibility in living E. coli cells [68]. After 
building appropriate genetic deletion strains, we tested DNA looping in bacteria 
lacking the nucleoid proteins HU, IHF, or H-NS. We confirmed that deletion of 
HU inhibits looping and that quantitative modeling suggests residual looping 
even in the induced operon. Deletion of IHF had little effect. Interestingly, DNA 
looping was strongly enhanced in the absence of H-NS, and we proposed an 
explanatory model involving reduced interhelix bridging in the absence of H-NS. 
Chloroquine titration, psoralen cross-linking, and supercoiling-sensitive reporter 
assays showed that the effects of nucleoid proteins on looping were not correlated 
with their effects on either total or unrestrained supercoiling. These results 
suggested that host nucleoid proteins can directly facilitate or inhibit DNA looping 
in bacteria.

Our initial experiments had suggested that some eukaryotic HMGB proteins 
can functionally substitute for HU in facilitating DNA looping in our lac assay 
strains [43]. We then further explored the extent to which HMGB proteins and 
derivatives could complement the DNA looping defect in E. coli-lacking HU protein. 
We found that derivatives of yeast HMGB protein Nhp6Ap could rescue DNA looping 
in E. coli-lacking HU, in some cases facilitating looping to a greater extent than is 
observed in E. coli expressing normal levels of HU protein. Nhp6Ap-induced 
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changes in the DNA length dependence of repression efficiency suggest that 
Nhp6Ap altered DNA twist in vivo. In contrast, human HMGB2-box A derivatives did 
not rescue looping [68].

More recently, we applied the E. coli in vivo DNA looping assay in combination 
with in  vitro biochemical experiments to address a question related to HMGB 
structure and function. HMGB proteins are composed of one or two conserved 
HMG box domains, each forming three alpha helices that fold into a sequence-
nonspecific DNA-binding module recognizing the DNA minor groove. As 
described above, box A and box B homology domains have subtle sequence differ-
ences such that box B domains bend DNA strongly, while DNA bending by isolated 
box A domains is weaker. Both box A and box B domains preferentially bind to 
distorted DNA structures. Single-box-HMGB proteins resemble box B. We showed 
using DNA cyclization kinetics assays (in vitro) and E. coli DNA looping assays 
(in vivo) that an isolated HMG box A domain derived from human HMGB2 folds 
poorly and does not enhance apparent DNA flexibility in these assays [63]. 
Surprisingly, substitution of a small number of cationic residues from the N-terminal 
leader of functional yeast box B protein Nhp6Ap conferred the ability to enhance 
DNA flexibility. These results demonstrated important roles for cationic leader 
amino acids in HMGB folding, DNA interaction, and DNA bending [63]. These 
data reinforce the concept that asymmetric charge neutralization plays a role in the 
mechanism of Nhp6Ap.

7.4 � Future Directions in the Study of HMGB Proteins

Despite years of study (and multiple excellent review articles), we remain ignorant 
of both the fundamental DNA-bending mechanism of HMGB proteins and their 
true functions in the complex biology of the nucleus. Considering their small size, 
simple structure, and remarkable abilities to alter apparent DNA physical properties, 
the HMGB proteins remain attractive targets for biophysics and molecular biology. 
A variety of informative experiments can be imagined for the future. Some of these 
approaches are ongoing through collaborations in which we are fortunate to be 
involved. Examples are discussed below.

With respect to the fundamental mechanisms of DNA bending by HMGB 
proteins, time-resolved ensemble and single-molecule fluorescence resonance 
energy transfer (FRET) experiments have the potential to reveal details of protein-
binding and DNA-bending kinetics. These data will allow insight into whether 
there are kinetic intermediates in the kinking of DNA by HMGB proteins. Does 
the HMGB protein transiently occupy linear DNA and then engage in bending 
only after the DNA stochastically samples a kinked geometry through thermal 
energy or are DNA binding and kinking concerted and inseparable? FRET experi-
ments could also supplement AFM [67] to reveal the extent of DNA flexibility at 
the site of protein binding. Single-molecule experiments (optical tweezers, AFM, 
and other methods) also have the unique potential to reveal how HMGB proteins 
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and mutants change both the structure and physical properties of naked DNA and 
reconstituted chromatin in vitro.

Because the biological roles of HMGB proteins remain unclear, there are 
tremendous opportunities for molecular biology to shed new light. Techniques such 
as chromatin immunoprecipitation and chromatin endogenous cleavage [79] offer 
the potential to map various HMGB proteins on chromatin in situ within living cells. 
Not only can these methods illuminate the various roles of HMGB proteins in 
eukaryotes but can also help us to understand whether the ability of HMGB proteins 
to rescue DNA looping in HU-deficient bacteria is due to direct protein binding to 
the repression loop. Other techniques, such as chromosome conformation capture 
[80, 81], provide powerful tools to understand how DNA flexibility and looping are 
influenced by perturbation of architectural proteins (including endogenous or exog-
enous HMGB proteins) in mammalian cells, yeast, and bacteria. From an engineer-
ing perspective, artificial targeting of HMGB proteins to new chromosomal sites 
offers intriguing prospects for the artificial control of gene expression. Such target-
ing could involve direct fusion between a sequence-nonspecific HMGB protein and 
a sequence-specific targeting factor [82] or development of a noncovalent HMGB 
recruitment domain to attract the architectural factor to the engineered protein. DNA 
flexibility and loop geometry are likely to be important in control of gene expression 
in both prokaryotes and eukaryotes. Building tools to artificially and gene specifi-
cally influence these parameters is an exciting challenge.

7.5 � Summary

Discovered as small, chromatin-associated eukaryotic proteins, the sequence-
nonspecific HMGB proteins are intriguing in their ability to alter the apparent 
physical properties of DNA in vitro and in vivo. Both ensemble biochemical analy-
ses and single-molecule experiments are revealing details of the DNA-binding and 
DNA-bending mechanisms of these small proteins. A host of biological functions 
have been suggested for the HMGB proteins, necessitating application of new 
assays within living cells. Even after many years of study, much remains to be 
learned about these simple, powerful, and enigmatic proteins.
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8.1 � Introduction

In this chapter, we compare and contrast the biophysical properties of two important 
classes of nonsequence-specific nucleic acid binding proteins: single-stranded 
DNA binding proteins (SSBs) from bacteriophages and nucleocapsid proteins 
(NCs) from retroviruses. The SSBs comprise the primary noncatalytic component 
of the DNA replication machinery, functioning to bind and protect all available 
single-stranded DNA (ssDNA) at the DNA replication fork. The NC proteins are 
necessary components of the RNA reverse transcription complex, playing roles 
analogous to those of SSBs in DNA replication. The primary function of NC is to 
facilitate RNA and DNA refolding into low-energy conformations, a property 
referred to as nucleic acid chaperone activity. This function is necessary for almost 
every step of retroviral reverse transcription. Application of single molecule DNA 
force spectroscopy methods has advanced the characterization of bacteriophage 
SSB and retroviral NC interactions with single-stranded (ss) and double-stranded 
(ds) DNA molecules beyond what was known from conventional solution studies. 
By applying single molecule techniques to wild type and mutant NC and SSB 
proteins from several biological systems, we have been able to illustrate a continuous 
spectrum of properties that distinguish proteins as effective nucleic acid chaperones 
or ssDNA stabilizers.

8.2 � Single-Stranded DNA Binding Proteins

Single-stranded DNA binding (SSB) proteins are essential DNA replication proteins 
that participate in DNA replication in all three domains of life [1]. The most basic 
function of SSBs is to bind single-stranded DNA produced transiently during DNA 
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replication or repair processes. Binding protects ssDNA from nucleases and inhibits 
the formation of secondary structure within the ssDNA. However, SSBs are also 
known to interact with other replication, recombination, and repair proteins, and 
may directly facilitate these processes, perhaps even recruiting additional proteins 
to ssDNA [2]. SSBs have the common feature that they bind ssDNA through an 
oligonucleotide/oligosaccharide (OB) fold, but SSBs from different replication 
systems vary significantly in the number of OB folds, the mechanism of interaction 
with other proteins, the multiplicity of subunits in the binding unit, and in coopera-
tivity. Here, we discuss the simplest SSB proteins, derived from bacteriophage 
replication systems. Despite the simple replication system of the bacteriophages 
and the presence of only one OB fold in each monomeric binding unit, the DNA 
binding mechanisms of bacteriophage SSBs are only beginning to be understood.

The most well-studied SSB is the bacteriophage T4 gene 32 protein (gp32), 
which was the first SSB to be isolated [3]. gp32 plays an essential role in DNA 
replication, recombination, and repair [4]. gp32 also binds preferentially to ssDNA 
relative to double-stranded DNA (dsDNA), and displays high cooperativity only 
when binding to ssDNA. This cooperative binding allows gp32 to form clusters 
along ssDNA, enhancing ssDNA protection from nucleases and preventing secondary 
structure formation. gp32 has three major structural domains, as determined by 
proteolytic cleavage [5]. The central, core domain (residues 22–253) contains the 
DNA binding site, while the N-terminal domain (residues 1–21) is involved in 
homotypic protein–protein interactions that lead to highly cooperative ssDNA 
binding. The C-terminal domain (CTD) (residues 254–301) is involved in hetero-
typic protein–protein interactions, which may help to regulate its DNA affinity or 
to recruit other proteins to ssDNA bound by gp32. The acidic CTD also diminishes 
the ability of the protein to bind nucleic acids, a property that will be described in 
detail later [6–9].

Like T4, bacteriophage T7 serves as a model replication system that can be used 
to understand how the complex DNA replication process is coordinated with rela-
tively few proteins. In fact, T7 only requires four proteins to form the T7 replisome: 
DNA polymerase with its processivity factor thioredoxin, the helicase/primase, and 
the SSB protein gp2.5 [10]. Like T4 gp32, T7 gp2.5 also binds to ssDNA with a 
single OB fold, and it binds preferentially to ssDNA. However, T7 gp2.5 differs in 
that it binds ssDNA with little or no cooperativity and forms a dimer in solution 
[11], whereas gp32 is monomeric. Dimerization involves strong electrostatic inter-
actions between the acidic C-termini of monomers and the DNA binding site of its 
dimer partner. Thus, in order for gp2.5 to bind DNA, this dimerization interaction 
must be broken [12, 13]. gp2.5 interacts with other components of the T7 replisome 
and is also involved in T7 DNA replication and recombination [14–21].

The SSB proteins from bacteriophage T4 and T7 locate ssDNA binding sites 
through weak dsDNA binding followed by rapid diffusion along dsDNA in one 
dimension. Both proteins dissociate from ssDNA slowly, on the time scales of tens of 
seconds to several minutes. Such slow dissociation is likely necessary for the proteins 
to perform their primary sequestering functions. On the other hand, such slow binding 
kinetics may also inhibit recombination events, in which the protein must be actively 
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removed to promote strand annealing or other nucleic acid rearrangements. In T4, 
slow binding kinetics is overcome by recombination mediator proteins such as UvsY, 
which facilitate the removal of T4 gp32 from ssDNA during recombination [22].

8.3 � Nucleic Acid Chaperone Proteins from Retroviruses

In contrast to the relatively complex bacteriophage recombination system, nucleic 
acid recombination and rearrangement in retroviruses is facilitated primarily by the 
nucleocapsid (NC) protein. NC proteins are generally small, cationic proteins of 
50–100 amino acids, less than one-third the size of the bacteriophage SSBs. All 
orthoretroviral NC proteins contain one or two zinc fingers as a primary structural 
feature, in which the zinc is coordinated by a CCHC motif [23, 24]. NC coats 
nucleic acids in a manner reminiscent of SSBs, but is more readily displaced from 
the nucleic acid by other proteins. We do not fully understand the mechanism by 
which NC proteins bind with high affinity to ssDNA yet facilitate nucleic acid rear-
rangement. During the initial retroviral assembly process, the NC protein is a small 
component of a polyprotein called Gag. The latter contains three major proteins: 
NC, capsid, and matrix. When the virus is assembled, NC binds and packages two 
identical copies of genomic RNA [25–27]. The matrix protein on the opposite end 
binds to the cell membrane, creating a spherical structure with NC and RNA on the 
inside and the membrane on the outside. Later, during retroviral maturation required 
for infectivity, Gag is cleaved by the retroviral protease and the overall structure of 
the virus is rearranged. NC, capsid, and matrix are released, and the structure of the 
NC-bound RNA also changes in a process called dimerization [28–30]. NC is 
released from Gag as NCp15, but is then further cleaved to NCp9 and then to 
NCp7, mature NC. These precursor forms of NC have different DNA binding char-
acteristics [31, 32], and there is some evidence that they may play specific roles 
during HIV-1 replication [33–35]. Because dimerization requires rearrangement of 
RNA secondary structure, this process likely requires the nucleic acid chaperone 
activity of NC. It is not yet clear whether Gag itself can facilitate significant 
secondary structure rearrangements, or if rearrangements such as dimerization 
require NC to be first cleaved from Gag.

After the retrovirus infects the host cell, its genomic RNA must be copied into 
dsDNA so that the viral genomic DNA can be inserted into the host cell genome. 
The process of copying the ssRNA into proviral dsDNA is called reverse transcription, 
and is performed by the enzyme reverse transcriptase (RT) with the participation of 
NC, as will be discussed in more detail below. The process of inserting viral 
dsDNA into the host genome is referred to as integration, performed by the enzyme 
integrase with the participation of NC [33, 36]. After integration, viral RNA is 
transcribed and packaged or translated into proteins and more viruses are assembled 
to continue the viral life cycle [37].

NC is required for multiple steps in reverse transcription, including tRNA primer 
annealing and strand transfer events. In these processes, NC serves primarily as a 
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nucleic acid chaperone. This function is best understood through a specific example. 
Reverse transcription begins with a single molecule of single-stranded RNA. 
However, this lowest energy form of this RNA involves intramolecular base pairs, 
creating a complex structure. Initiation of reverse transcription requires an annealed 
primer with a free 3¢ terminus to act as nucleophile. In HIV-1, the primer is 
provided by tRNALys,3, which is annealed to a complementary primer binding site 
on the HIV-1 genomic RNA with the assistance of NC [38–40]. Reverse transcrip-
tion then proceeds from this point until the end of the template is reached. As this 
occurs, the RNaseH domain of RT degrades the RNA that has been copied. In order 
for reverse transcription to continue, the new ssDNA strand must be transferred to 
the other end of the genome (presumably brought into proximity by folding in three 
dimensions) and annealed to a complementary RNA sequence. This seemingly 
unlikely process is termed minus-strand transfer (Fig.  8.1). Remarkably, stable 
secondary structures (over 20 bp each) are formed by both the DNA that has been 
polymerized by RT and the complementary RNA. Without NC, these two structures 
cannot anneal to form the DNA–RNA hybrid duplex required for completion of 
reverse transcription. NC is required for obligatory and random strand transfer 
events observed during reverse transcription [41–45] and other nucleic acid refold-
ing events [46].

Because NC is an essential component of every stage of the HIV-1 life cycle, it 
is an intriguing anti-HIV drug target [47–49]. The most obvious candidates for 
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HIV-1 antagonists are compounds that target the zinc finger domains of NC. Such 
agents initially showed great promise, but were not pursued due to toxicity [50]. 
More sophisticated methods are needed to target NC and Gag. This will require a 
detailed mechanistic understanding of NC function in retroviral replication. Here, 
we describe a detailed biophysical mechanism for the nucleic acid chaperone func-
tion of NC. We identify specific regions of the protein responsible for this activity, 
and we compare the activity of HIV-1 NC with that of NC proteins from other 
retroviruses. Finally, we compare the DNA interactions of retroviral NC proteins 
with those of bacteriophage SSBs, which exhibit many similar characteristics, 
despite their significantly different functions during replication.

8.4 � Single Molecule Force Spectroscopy Studies  
of Bacteriophage T4 and T7 SSB Proteins

Figure 8.2a shows a schematic diagram of an optical tweezers instrument used for 
stretching single DNA molecules. In these experiments, a single bacteriophage l 
genomic DNA (48,500 bp) is labeled on each end with several biotin molecules. 
Only one strand is labeled at each DNA terminus so the DNA is free to rotate as it 
is stretched. Similar experiments can be done with magnetic tweezers and atomic 
force microscopes. All three instruments allow one to stretch single DNA mole-
cules and measure force–extension curves with nanometer or better position resolu-
tion and piconewton (pN) or better force resolution [51].
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Fig. 8.2  (a) Schematic diagram of dual beam optical tweezers instrument for stretching single 
DNA molecules. (b) Typical DNA stretching (various solid symbols) and relaxation (open 
symbols) data from single l DNA molecules in 100 mM Na+ solution (10 mM HEPES, pH 7.5). 
The left solid line is a theoretical curve representing the wormlike chain model for a stiff polymer 
corresponding to dsDNA, while the right solid line is a theoretical curve representing the freely 
jointed chain model for a more flexible polymer, corresponding to ssDNA. When the approxi-
mately constant force transition exhibited by the data at ~65 pN is reversible, the area between the 
stretching data and the ssDNA stretching curve represents the DNA melting free energy
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As DNA is stretched to its B-form contour length, the required force begins to 
increase rapidly as the randomly coiled DNA is straightened and the helical form 
itself begins to stretch [52, 53]. At forces near 60 pN, an abrupt phase transition 
occurs. In this regime, DNA can be stretched to 1.7 times its B-form contour length 
with very little increase in force (Fig. 8.2b) [54–56]. It has been demonstrated that 
this transition, referred to as the DNA overstretching transition, is the force analog 
of thermal melting. The DNA is converted from dsDNA to ssDNA, and the fraction 
of melted DNA increases as the length of the construct increases through the transi-
tion [57, 58]. For example, solution conditions such as high and low pH, high 
temperature, and low salt, which lower the DNA thermal melting temperature, also 
correspondingly lower the overstretching force [59–61]. In addition, it has been 
shown that the fraction of DNA base pairs exposed to solution corresponds to the 
position in the transition, proving that the DNA is melted during the process [62]. 
Finally, small molecules and proteins that destabilize [63] and stabilize [56, 64] 
DNA in thermal melting correspondingly decrease or increase the required over-
stretching force [65, 66]. Therefore, the DNA overstretching transition should 
properly be considered as a DNA force-induced melting transition.

8.5 � Single Molecule Measurements of Equilibrium ssDNA 
Binding by SSB Proteins

When DNA is stretched in the presence of single-stranded DNA binding proteins, 
the required melting force is reduced. When the experiment is performed under 
conditions that protein association and dissociation occurs more rapidly than force-
induced melting, the melting force is a direct measurement of the protein binding 
affinity. However, when DNA is stretched at typical pulling rates in the presence of 
T7 gp2.5 or T4 gp32, this process is not reversible, as shown in Fig. 8.3. In the 
presence of either protein, the melting force is indeed lower than in the absence of 
protein. However, upon relaxation, the DNA does not reanneal, as indicated by the 
different relaxation and stretching forces. Theoretically, one could obtain the equi-
librium force by stretching the DNA extremely slowly. However, it is much more 
practical to instead apply force at a typical rate (in the range of 25–100 nm/s) and 
then stop at the midpoint of the melting transition. By then measuring the force as 
a function of time at constant position, one obtains an exponential decay of the 
melting force. At long times (on the order of 30 min), the force eventually becomes 
essentially constant, revealing the equilibrium DNA melting force. The equilibrium 
protein–ssDNA binding affinity, 

ssK ,can be obtained by measuring the equilibrium 
melting force as a function of concentration and fitting that dependence to a simple 
thermodynamic model [7]:

	 20 ln (1 )k B

ss 

T
m m ssn x

F F K c∆= − + 	 (8.1)
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Here mF is the measured equilibrium melting force at a given protein concentration, 
0

mF
,
 is the DNA melting force in the absence of protein, ssn

,
 is the ssDNA binding 

site size in nucleotides, x∆ is the change in length of DNA upon melting at a given 
force, and Bk is Boltzmann’s constant. Thus, by fitting mF vs. C, one obtains the 
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measurements of ssK and ssn . Such fits are shown in Fig. 8.4 as solid lines, along 
with the measured data as points, for T4 gp32 and T7 gp2.5, as well as their respec-
tive C-terminal truncation mutants, T4 gp32 *I and T7 gp2.5-D26C, all as a func-
tion of salt concentration [67].

Figure 8.5 shows the quantitative results derived from the fits of Fig. 8.4, shown 
as ssK for the wild-type (WT) gp32 and gp2.5 in Fig.  8.4a, and as ssK for the 
CTD-truncated version of these proteins, T4 gp32 *I and T7 gp2.5-D26C, in Fig. 8.4b. 
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The dsK results are discussed below. For both T4 and T7 proteins, the wild-type SSB 
shows very weak salt dependence, while the C-terminal truncation shows a much 
stronger salt dependence. This change may reflect the high negative charge of the C 
terminus in both cases. The C-terminal tail interacts electrostatically with the cationic 
DNA binding site in the core of the protein. In the case of T4 gp32, the C-terminal 
tail binds directly to the DNA binding site of the same molecule, inhibiting ssDNA 
binding. In the case of T7 gp2.5, the C-terminal tail binds to the ssDNA binding site 
of its dimer partner, facilitating dimerization and inhibiting ssDNA binding. In both 
cases, removal of the C terminus exposes the DNA binding site on the protein core 
and facilitates ssDNA binding by the protein. This interpretation, which explains the 
difference between the wild type and C-terminal truncates of both proteins, is 
supported by a wealth of bulk biochemical data on T4 gp32 [68–72] and T7 gp2.5 
[14, 15, 73–77]. However, a complete understanding of the salt-dependent ssDNA 
binding and helix-destabilization properties of these well-studied model SSB proteins 
was not available until these force spectroscopy experiments [6–9, 13, 78]. Two 
unique aspects of single molecule force spectroscopy were important in this case. 
First, thermal melting studies of DNA binding proteins are limited by the thermal 
stability of the protein. Workers must use short oligonucleotides or use conditions of 
very low salt to melt DNA without melting protein. Force-induced melting avoids this 
issue. Second, force spectroscopy experiments allow direct control of the double- or 
single-stranded state of the DNA molecule in real time, allowing control of the rate 
of protein reaction with the ssDNA or dsDNA lattice.

8.6 � Single Molecule Measurement of the Rate of SSB 
Association with ssDNA and Equilibrium dsDNA  
Binding by SSB Proteins

In addition to allowing measurement of equilibrium binding of proteins to ssDNA, 
single molecule force spectroscopy also permits analysis of protein–ssDNA binding 
kinetics. As shown in Fig. 8.3, DNA stretching in the presence of T4 gp32 and T7 
gp2.5 displays hysteresis, suggesting that the binding reaction is not reversible 
under the conditions tested. The nonequilibrium nature of the experiments suggests 
that protein binding is slow and that the kinetics of binding can be measured. 
To pursue this analysis, we exploited the observation that the force at which force-
induced melting occurs depends on pulling rate [6, 78]. The physics behind this rate 
dependence can be described by a simple model, in which the transition occurs 
when the rate of pulling (nm/s) is equal to the rate at which proteins can bind to 
ssDNA exposed on the end of the DNA molecule due to thermal fluctuations. The 
rate of fluctuational opening of ssDNA at the ends of the molecule decreases 
exponentially with the free energy of base pair opening, which is of the order of 2k

B
T 

under the solution conditions used here. In order for a protein to bind, a number of 
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bases equal to the binding site size of the protein must be exposed. In the case of 
both T7 gp2.5 and T4 gp32, the site size is 7ssn ≈ , so the rate of protein binding to 
ssDNA in the absence of force is negligible. However, in the presence of force, the 
free energy of melting decreases significantly such that fluctuational opening of 
the base pairs at the end of the molecule becomes significant. The condition for the 
pulling rate v to equal the fluctuational opening rate is given by:

	 ( ) 0( ) ln .B
k m

ss 

v

2n x kss a

k T
F v F

n x ∆
= +

∆
	 (8.2)

Here, ( )kF v is the pulling rate-dependent observed melting force in the presence of 
protein, x∆ is the change in length of DNA upon conversion from dsDNA to pro-
tein-bound ssDNA, ak  is the rate at which proteins encounter a new ssDNA site, 
and the factor of 2 reflects the possibility of ssDNA site opening at either end of the 
molecule. The other variables have the same meanings as in (8.1).

Measurements of ( )kF v vs. in (v) for different concentrations of T7 gp2.5-D26C 
and T4 gp32 *I are shown in Fig. 8.6a, c, respectively. For both proteins, the slope 
of the plot is constant and independent of protein concentration, and the same holds 
for the wild-type proteins (data not shown). Based on (8.2), the slope can be used 
to directly determine ssn  because the parameters preceding the natural logarithm 
are known. We obtain 7ssn ≈ , in agreement with bulk measurements of the binding 
site size for these proteins. In addition to allowing the estimation of binding site 
size, the condition 0( )k mF v F=  gives the rate at which proteins encounter binding 
sites at the ends of the molecule. These rates can be calculated theoretically from 
the “first passage time” for the protein [79, 80]. The results, shown in Fig. 8.4b, d, 
were initially surprising because they do not depend linearly on protein concentra-
tion and they exceed the theoretical 3D diffusion limit for colliding with the two 
available binding sites on the molecule.

The surprisingly rapid kinetics with which SSB proteins find stretch-induced 
ssDNA binding sites can be explained by recognizing that these proteins need not 
diffuse from bulk solution, but can be captured from local dsDNA to which they are 
prebound. This hypothesis explains the fact that the apparent bimolecular rate of 
SSB-ssDNA association exceeds its 3D diffusion limit because this rate is in fact 
not bimolecular, but rather depends on the square of the protein concentration in 
solution (Fig. 8.6b, d [81]). Indeed, if sufficient protein is prebound to dsDNA, then 
the time required to encounter a new ssDNA site is determined only by 1D sliding 
of the protein on dsDNA, a function of the square of bulk protein concentration. It 
has been shown that the rate under these conditions can be expressed as [6]:

	 2(2 / )a ds sk n k= Θ 	 (8.3)

Here, ak is the observed rate of finding the binding site from (8.2), sk  is the sliding 
rate along the DNA molecule, which is a property of the protein related to its 1D 
diffusion constant, and dsn  and Θ  are the binding site size and fractional satura-
tion of the protein on the dsDNA lattice. The fractional saturation of the DNA lattice 
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is determined by the binding affinity of the protein for dsDNA, which in turn is 
estimated by the McGhee–von Hippel binding isotherm:

	 1

(1 )

(1 / )

ds

ds

n

ds ds n
ds

K n C
n −

− Θ
Θ =

− Θ + Θ
	 (8.4)

By combining (8.3) and (8.4), we then fit the data in Fig. 8.6b, d with three fitting 
parameters dsK , dsn , and sk . We obtain typical values for the latter quantities and 
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are most interested in the values for dsK , the equilibrium association constant for 
protein binding to dsDNA. These values are plotted in Fig. 8.5, along with the cor-
responding values for ssK , the equilibrium constant for binding to ssDNA.

We have outlined single molecule force spectroscopy methods for quantifying 
equilibrium binding of ssDNA binding proteins to both ssDNA and dsDNA. The 
results, summarized in Fig. 8.5, reveal the mechanism by which these proteins inter-
act with both forms of DNA. All the SSB proteins studied, T7 gp2.5, T4 gp32, and 
their respective C-terminal truncates, bind to dsDNA and diffuse in one dimension 
along the DNA molecule until they encounter available ssDNA binding sites. This 
relatively weak sequence nonspecific and primarily electrostatic prebinding of SSBs 
to dsDNA is likely a very general mechanism facilitating SSB association with 
ssDNA under in vivo conditions, when ssDNA exists only transiently at boundaries 
between dsDNA and ssDNA. Interestingly, a similar mechanism of 1D diffusion on 
dsDNA is also common for facilitating the search by specific dsDNA binding pro-
teins for their unique dsDNA binding sites [82–87]. All four proteins discussed here 
(gp32 and gp2.5 as well as their CTD truncates presented in Fig. 8.5) have ssDNA 
binding affinities that exceed dsDNA binding affinity by about four orders of magni-
tude. All therefore share a similar ability to destabilize dsDNA in equilibrium. 
Interestingly, while gp32 achieves this binding preference for ssDNA through strong 
cooperative binding, T7 gp2.5 does not exhibit significant cooperative binding [11].

The ssDNA and dsDNA binding by T7 gp2.5 and T4 gp32 wild-type proteins is 
only weakly salt dependent, while DNA binding by their C-terminal truncates is 
strongly salt dependent. This is explained in both cases by a model in which the 
CTD modulates DNA binding by interacting with its own DNA binding site (or that 
of its dimer partner in the case of T7 gp2.5), thus inhibiting DNA interactions. 
A schematic diagram of this model for these CTD interactions is shown in Fig. 8.7. 
This model explains the weak salt dependence of DNA binding by the wild-type 
SSBs because lower salt causes an increase in affinity of the C terminus for the 
protein, thereby offsetting any increase in DNA binding affinity for the protein’s 
DNA binding site in low salt. Alternatively, this process can be viewed in the frame-
work of counterion condensation, in which a specific number of counterions must 
be released for charged molecules to bind to DNA. In the case of T4 gp32, approxi-
mately three counterions are released when its C-terminal truncate binds DNA in 
low salt, as determined from the slope of the log(K) vs. log[Na+] graph shown in 
Fig. 8.5 for *I binding to both ssDNA and dsDNA. In contrast, for wild-type T4 
gp32, the slope is very small for both ssDNA and dsDNA. Therefore, the net number 
of counterions released is approximately zero in this reaction. However, according 
to the model, the DNA binding site is the same in both cases. In order for the net 
counterions released to be zero, the CTD must bind three counterions when it is 
exposed to solution as the wild-type protein binds DNA in low salt. Such compen-
satory ion uptake was previously observed in other protein–DNA interactions [88]. 
Therefore, this model provides a compelling explanation for the unusual behavior 
of the wild-type protein at low salt. In high salt, the slope of the binding curve in 
Fig.  8.5 for both wild-type T4 gp32 and *I is about 7. This suggests that seven 
counterions are released upon binding, which can be explained by recognizing that 
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the acidic C terminus of T4 gp32 will already be exposed to solution in high salt 
and will already have counterions bound to its C terminus. Therefore, in high salt, 
the CTD does not participate in the reaction and does not affect the salt dependence 
of protein–DNA binding. This explains why T4 gp32 and *I have similar salt 
dependences, but it does not explain the fact that the slope of the graph increases to 
7 in high salt. The latter might be explained by postulating that anions (in this case, 
Cl_ions) can bind to the positively charged DNA binding site of the protein at high 
anion concentration. This model is summarized in Fig. 8.7. In reference [9], all the 
available single molecule and bulk DNA binding data for T4 gp32 and *I in different 
salt concentrations with different anions and DNA substrates are fit to this model 
with a total of four fitting parameters, fully quantifying and validating the sche-
matic model presented in Fig.  8.7a–c. A similar schematic model describes the 
salt-dependent binding of T7 gp2.5 to ssDNA and dsDNA. Here, there is an added 
complication that the CTD is involved in a dimerization interaction, which must be 
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broken before DNA binding can occur. Thus, as the salt concentration is lowered, 
the dimerization interaction becomes stronger. In the absence of the C terminus and 
any strong dimerization interaction, lower salt increases the DNA binding affinity, 
as was the case for T4 gp32 *I. This additional interaction can also be described in 
terms of counterion condensation, in which two counterions are released upon T7 
gp2.5-∆26C binding to DNA. The model in Fig. 8.7d, e is quantified in [13] and 
compared with available bulk data. T7 gp2.5 is not as well studied as T4 gp32, so 
less bulk data are available for comparison with single molecule results. 
Nonetheless, the available data for T7 gp2.5 and T7 gp2.5-∆26C are quantitatively 
consistent with the model in Fig. 8.7d, e.

It is important to note that for both bacteriophage T4 and T7, the CTD is known 
to interact with other replication proteins. It is therefore possible that DNA binding 
can be regulated by these interactions. Alternatively, the C terminus may serve to 
recruit other replication proteins to the DNA replication fork, as the C terminus 
becomes available after DNA binding by SSB protein. CTD regulation of DNA 
binding can be controlled by solution conditions or by the presence of CTD binding 
proteins. This mechanism has the potential to strongly alter the nature of SSB inter-
actions with both ssDNA and dsDNA.

8.7 � Single Molecule Force Spectroscopy Studies of Retroviral 
Nucleic Acid Chaperone Proteins

Because nucleic acid chaperone proteins facilitate the rearrangement of nucleic acid 
secondary structure [89], they are expected to bind strongly to both dsDNA and 
ssDNA (or RNA). On the other hand, these proteins must destabilize nucleic acid 
base pairing to some extent in order to facilitate rearrangements. Initial single mole-
cule experiments on HIV-1 NC confirmed that this protein destabilizes DNA second-
ary structure, lowering the overall free energy of DNA melting [90, 91]. The effect of 
HIV-1 NC on DNA force-induced melting is illustrated in Fig. 8.8. Figure 8.8a shows 
ssDNA and dsDNA stretching curves. By calculating the area between the two 
curves, we find that the DNA melting free energy is about 2k

B
T(1 k

B
T is about 

0.6 kcal/mol). In contrast, in the presence of 10 nM HIV-1 NC, which is near satu-
rated binding, the overall DNA melting free energy (averaged over the entire sequence 
of this DNA molecule) is reduced to about 1 k

B
T. Thus, HIV-1 NC destabilizes the 

DNA helix without melting the DNA.
Figure 8.8c can be contrasted with Fig. 8.3a, c. The latter show the significant 

hysteresis observed in DNA force–extension experiments with T7 gp2.5 and 
T4 gp32 protein. An important difference is observed between HIV-1 NC and SSB 
proteins. When the DNA is relaxed after stretching in the presence of HIV-1 NC, 
the force–extension curve almost exactly follows the original profile. This shows 
that NC rapidly dissociates from ssDNA, allowing the two strands to reanneal and 
form dsDNA. In contrast, Fig.  8.3a, c imply that SSB proteins prevent DNA 
reannealing until the extension is relaxed well below the DNA contour length. 
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Thus,  SSB proteins exhibit slow ssDNA dissociation kinetics, while HIV-1 NC 
exhibits rapid ssDNA dissociation kinetics [92].

Which interactions of HIV-1 NC (Fig.  8.8d) are important for rapid binding 
kinetics during nucleic acid rearrangements? To answer this question, we examined 
several HIV-1 NC mutants. Examples are shown in Fig. 8.9. The first mutant (2–1 
mutant, Fig. 8.9a) has the order of the zinc fingers switched. This mutation has two 
significant effects (Fig. 8.9c). First, the mutation weakens the overall affinity of the 
protein for DNA, such that higher protein concentrations are required to observe 
significant effects on DNA stretching. Second, and most important, this simple 
mutation destroys the rapid DNA interaction kinetics observed for wild-type NC. 
Simply duplicating the first zinc finger to form the 1–1 mutant results in a protein 
with both slower interaction kinetics and weaker binding affinity. However, this 
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mutant was unique among those tested in its relatively rapid interaction kinetics and 
its efficient minus-strand transfer activity in in vitro experiments [93]. These results 
demonstrate that a specific HIV-1 NC zinc finger structure is critical for optimal 
nucleic acid chaperone activity [92].

Because HIV-1 NC exhibits efficient nucleic acid chaperone activity with finely 
tuned binding characteristics, it is of interest to determine whether other retroviral 
nucleocapsid proteins exhibit similar behavior. We examined the DNA binding 
characteristics of NC proteins from Moloney murine leukemia virus (MLV), Rous 
sarcoma virus (RSV), and human T-cell lymphotropic virus type 1 (HTLV-1) [94]. 
A range of binding activities was observed, differing primarily in rates of NC 
dissociation from ssDNA, as illustrated in Fig. 8.10b–d. For comparison, Fig. 8.10a 
shows DNA stretching and relaxation in the presence of HIV-1 NC (little hysteresis; 
rapid kinetics). Figure 8.10b shows DNA stretching and relaxation in the presence of 
RSV NC (little hysteresis; rapid DNA binding kinetics). In addition, the presence 
of RSV NC leads to an increase in the apparent DNA melting force, suggesting 
dsDNA stabilization by RSV NC, similar to that produced by simple multivalent 
cations [31]. In contrast, MLV and HTLV-1 NC proteins induce moderate to strong 
hysteresis, similar to that observed for SSBs T4 gp32 and T7 gp2.5. Interestingly, 
more rapid protein–ssDNA interactions seem to parallel the ability to aggregate 
nucleic acids, as measured in the bulk aggregation assays [94]. The only exception 
is MLV NC, which dissociates relatively slowly from ssDNA, but aggregates DNA 
almost as well as HIV-1 NC. Therefore, rapid NC–ssDNA interactions best corre-
late with overall chaperone activity, varying from strong for HIV-1 NC to extremely 
poor for HTLV-1 NC, as measured in in vitro annealing assays [94].
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8.8 � HTLV-1 NC Has Properties Intermediate  
Between SSB and NC Proteins

From a thermodynamic perspective, the HTLV-1 NC protein is, like other NC 
proteins, a mild NA duplex destabilizer. However, from a kinetic point of view, 
HTLV-1 NC displays slow interaction kinetics with DNA, more like an SSB protein 
[94]. The protein off rate can be estimated by measuring the rate of DNA annealing 
after force-induced melting and relaxation to the midpoint of the transition 
(Fig. 8.3b, d for T4 gp32 and T7 gp2.5). In the case of T4 gp32, the timescale of 
the exponential decay of force toward the equilibrium melting force in the presence 
of protein was on the order of a few minutes. For T7 gp2.5, the timescale was on 
the order of tens of seconds, or about an order of magnitude faster than T4 gp32. 
We have performed similar measurements on wild-type HTLV-1 NC, which has an 
apparent ssDNA off rate of ~102/s, similar to the slow dissociation of T4 gp32. 
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The  HTLV-1 NC C-terminal truncate DC29 has about a tenfold higher off rate, 
similar to the off rate of the faster gp2.5 SSB protein. At the same time, the NC 
proteins from other retroviruses that have so far been measured by DNA stretching 
have faster off rates that are too high to be measured by this approach. These 
proteins dissociate from DNA at least an order of magnitude faster than T7 gp2.5 
and HTLV-1 NCDC29 [95].

Based on these results, we propose a model of nucleic acid binding regulation 
by the CTD of HTLV-1 NC. This model is reminiscent of CTD-regulated binding 
of T4 gp32 [6–9] and T7 gp2.5 [13, 78] (SSB models shown in Fig. 8.7). For all 
three proteins, association with nucleic acids requires prior dissociation of an 
anionic CTD from a cationic nucleic acid binding site. HTLV-1 NC more closely 
resembles T4 gp32 because its CTD interacts with the DNA binding site of the 
protein, rather than the DNA binding site of the dimer partner (T7 gp2.5). In addi-
tion, HTLV-1 NC appears to bind with at least moderate cooperativity to ssDNA, 
whereas T7 gp2.5 binds with little or no cooperativity. In contrast to HTLV-1 NC, 
the CTD of T4 gp32 does not participate in the cooperative interaction between the 
nucleic acid-bound proteins. For gp32, the cooperative binding interaction is rela-
tively salt independent, and is not eliminated by the removal of CTD (creating T4 
gp32 *I) [96, 97]. Therefore, the removal of CTD for gp32 affects the on rate but not 
the off rate. The off rate is reduced by cooperative binding for both wild-type T4 
gp32 and the C-terminal truncate. The case is similar for T7 gp2.5. Therefore, for 
both T4 gp32 and T7 gp2.5 SSB proteins, on rates (and therefore also the equilib-
rium binding constants), but not off rates, are increased by the removal of CTD. In 
contrast, both on and off rates are increased by CTD deletion of HTLV-1 NC [95].

The specific features of HTLV-1 NC binding and regulation by its CTD have 
presumably evolved for specific biological functions. While those biological functions 
are currently unknown, there are interesting possibilities. HTLV-1 NC is a small pro-
tein, which makes a complex cooperative binding mode such as that of T4 gp32 
unlikely. However, HTLV-1 NC has developed a simple cooperative binding mode that 
limits the protein off rate. In the case of T4 gp32, this low off rate is likely needed for 
the protection of ssDNA exposed by the helicase during bacteriophage replication. 
What advantage is conferred by a retroviral NC protein with a low off rate? Such a 
characteristic seems to contradict the role NC would need to play as a chaperone pro-
tein. However, we have shown that not all retroviruses require nucleic acid chaperone 
proteins to be as powerful as that of HIV-1. Perhaps HTLV-1 has sacrificed nucleic 
acid chaperone potency for another biological purpose. One possibility is that HTLV-1 
NC acts to coat ssRNA to prevent the packaging of APOBEC3G proteins. While 
HIV-1 NC can coat ssRNA, its rapid kinetics make that ssRNA available for binding 
by APOBEC3G proteins [98], which are then packaged by HIV-1 [99–101]. In con-
trast, HTLV-1 does not package APOBEC3G, and HTLV-1 NC has been shown to be 
responsible for this behavior [102]. Thus, it is possible that the regulation of HTLV-1 
NC binding kinetics by its CTD is essential to prevent packaging of APOBEC3G. It is 
also possible that the slow HTLV-1 NC dissociation kinetics are needed for another 
viral replication process, or that another protein binds to HTLV-1 NC’s CTD, acting as 
a switch to activate or inactivate HTLV-1 NC’s nucleic acid chaperone activity.
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8.9 � Comparison of SSB Proteins and Nucleic Acid  
Chaperone Proteins

It is interesting to compare nucleic acid chaperone and single-stranded binding 
(SSB) proteins because they share common DNA interaction mechanisms, but 
appear to serve very different biological functions. Both nucleic acid chaperone and 
SSB proteins are largely sequence nonspecific in their binding to nucleic acids 
(ssDNA and dsDNA, ssRNA and dsRNA). They display a significant binding pref-
erence for single-stranded nucleic acids. Therefore, both classes of proteins desta-
bilize nucleic acid duplexes. However, nucleic acid chaperones such as NC proteins 
destabilize nucleic acid duplexes only very slightly, while SSB proteins are able to 
melt dsDNA completely, sometimes creating ssDNA from dsDNA under physio-
logical conditions. These differences reflect the divergent biological roles of these 
two groups of proteins. Indeed, one of the major functions of the retroviral NC 
proteins is to assist reverse transcription by facilitation of nucleic acid remodeling 
[89]. This chaperone activity of NC proteins requires slight destabilization of 
nucleic acid hairpins and other duplex structures to create folding pathways that can 
proceed more smoothly through misfolded or less stable conformations toward the 
final, most stable state. This slight duplex destabilization by NC proteins is reflected 
by the small free energy of duplex destabilization per base pair (~1 k

B
T or less), 

compared to the average free energy of dsDNA melting per base pair at physiological 
conditions (~2 k

B
T [103]). In contrast, the primary function of the bacteriophage 

SSB proteins is to support phage replication via stabilization of helicase-unwound 
ssDNA [104]. This function is consistent with the duplex destabilizing free energy 
per base pair (~2 k

B
T for T4 gp32 [6, 7, 9] and T7 gp2.5 [78]), comparable to the 

average DNA melting free energy per base pair.
Interestingly, among all SSB and NC proteins studied, the faster kinetics of 

ssDNA interaction correlates with weaker destabilization of the DNA duplex. 
Indeed, the SSB and NC proteins discussed here are strongly cationic (or have 
cationic DNA binding sites), such that their association with dsDNA is primarily 
nonspecific and electrostatic. Such protein–nucleic acid binding modes are known 
to lead to high protein mobility (faster sliding) on dsDNA [105, 106]. At the same 
time, the ability of such proteins to destabilize DNA duplexes depends on their 
preference for ssDNA, relative to dsDNA, which relies on more specific protein–
ssDNA interactions, such as hydrogen bonding or stacking of aromatic residues. 
These specific interactions are expected to slow the protein’s mobility on and dis-
sociation from ssDNA.

We have observed that rapid protein–DNA interaction kinetics appear to 
positively correlate with the ability of a protein to aggregate nucleic acids. This 
feature is typical of multivalent cations known to nonspecifically aggregate nucleic 
acids upon binding [107, 108]. Both rapid interaction kinetics and the ability to 
aggregate anionic polyelectrolytes, such as nucleic acids, arise from the primarily 
electrostatic nature of multivalent cation binding [107, 108]. Proteins may also cause 
nucleic acid aggregation by nonelectrostatic mechanisms, but the resulting 
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aggregates are more likely to be rigid, resisting nucleic acid refolding and 
annealing. The electrostatic mechanism of aggregation appears to produce protein–
nucleic acid complexes characterized by the high mobility needed for refolding 
of nucleic acid structures.

In summary, the primarily electrostatic nucleic acid binding mode of NCs is 
responsible for their fast interaction kinetics, strong nucleic acid aggregation, and 
modest duplex destabilization. These characteristics lead to optimized nucleic acid 
chaperone function, as observed for HIV-1 NC. Other retroviral NCs have different 
combinations of these properties, leading to less impressive in vitro chaperone func-
tions. Thus, RSV NC has faster kinetics, but poorer duplex destabilizing properties, 
while HTLV-1 NC is a better duplex destabilizer, but a poor aggregating agent with 
slower binding. HTLV-1 NC is thus closer in behavior to SSB proteins than to NC 
proteins. The two simple SSBs from bacteriophages T4 and T7 belong to the same 
continuum of nonspecific nucleic acid binding proteins with still slower ssDNA 
binding kinetics and the pronounced ability to melt DNA duplexes by sequestering 
single strands as they appear. Interestingly, SSBs appear to employ rapid electrostatic 
sliding on dsDNA to locate ssDNA sites. This example illustrates how different biological 
functions can be achieved by evolutionary tuning of protein–DNA binding proper-
ties, even when the overall binding occurs through a very similar mechanism.

8.10 � Conclusions

We have described the application of new approaches for studying thermodynamics 
and kinetics of protein binding to ssDNA and dsDNA using single molecule force 
spectroscopy. These methods have added unprecedented detail to the characteriza-
tion of two important classes of DNA binding proteins. We find that SSB proteins 
bind very weakly to dsDNA in order to rapidly diffuse in their search for ssDNA 
binding sites. Upon binding to such sites, the proteins bind four orders of magni-
tude more strongly. SSB proteins are thus optimized to rapidly engage rare regions 
of ssDNA in a sea of genomic dsDNA, as at the bacteriophage replication fork. 
Unlike nucleic acid chaperone proteins, SSBs bind much more strongly to ssDNA 
relative to dsDNA, resulting in strong helix-destabilizing properties and a relatively 
slow ssDNA off rate. In contrast, nucleic acid chaperone proteins, such as retroviral 
NC proteins, only slightly prefer ssDNA and only weakly destabilize dsDNA. In 
the case of HIV-1 NC, an excellent nucleic acid chaperone, ssDNA and dsDNA are 
bound similarly, with slight dsDNA destabilization. When coupled with the ability 
of HIV-1 NC to strongly aggregate DNA, facilitation of nucleic acid secondary 
structure rearrangements engenders chaperone activity.

Binding preferences and kinetics differ between SSB and NC proteins. In addi-
tion, NC proteins from different retroviruses show varying nucleic acid chaperone 
capabilities. Proteins less like HIV-1 NC more strongly resemble SSB proteins. 
Thus, HTLV-1 NC, which displays the least in vitro chaperone activity among the 
retroviral NC proteins studied, very strongly resembles an SSB protein because of 
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its slow protein dissociation and poor nucleic acid aggregation. Moreover, the 
nucleic acid interactions of HTLV-1 NC are strongly regulated by its CTD, similar 
to that observed for T4 gp32 and T7 gp2.5. However, this CTD regulatory mecha-
nism differs from that observed for the SSBs in that both on and off rates are 
reduced by the CTD, whereas the CTD affects only the on rate for SSBs.

Overall, it appears that simple biophysical mechanisms can regulate all aspects 
of protein–DNA interactions, from equilibrium binding affinity to binding kinetics. 
We argue that understanding these biophysical mechanisms is critical for determining 
how these proteins perform their biological functions. These studies demonstrate 
that single molecule force spectroscopy can provide an exceptionally powerful 
approach to study the biophysics of sequence nonspecific protein–DNA interactions.
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9.1 � Introduction

The lambda (l) bacteriophage epigenetic switch is a molecular mechanism that 
permits the quiescent (lysogenic) state of the bacteriophage to irreversibly switch 
to the virulent (lytic) state. After infection of its host, E. coli, l, a temperate phage, 
most often grows lysogenically. The phage DNA integrates in the bacterial chromo-
some and is replicated along with it and transmitted to the bacterial progeny as a 
prophage. Lysogeny is very stable and yet, the switch to lysis is very efficient. Upon 
switching to lysis, the viral DNA is excised from the bacterial chromosome and the 
host machinery is used to produce viral progeny that is then released upon bursting 
of the host. The pathway to lysis is triggered in response to threats such as starva-
tion, poisoning, or DNA damage.

The lysogenic state of l prophages is maintained by the l repressor, or CI protein 
[35]. During lysogeny, dimers of CI bind to the O

L
 and O

R
 control regions, located 

about 2.3 kbp apart on the phage genome (Fig. 9.1a) and repress P
L
 and P

R
, promoters 

for the lytic genes. Each control region contains three binding sites for CI, O
L
1, O

L
2, 

O
L
3 and O

R
1, O

R
2, O

R
3 [11, 26, 33]. CI binds to these operators with an intrinsic 

affinity O
L
1 > O

R
1 > O

L
3 > O

L
2 > O

R
2 > O

R
3 [17, 38]. By studying the O

L
 and O

R
 

regions separately and in isolation from the rest of the l chromosome [34], it was 
found that pairs of dimers interact when bound to adjacent or nearby operators, form-
ing tetramers (Fig. 9.1a). These cooperative interactions improve the specificity and 
strength of CI binding to O

R
1 and O

R
2, and O

L
1 and O

L
2, respectively, so that the 

order of binding affinity changes to O
R
1 ~ O

L
1 ~ O

R
2 ~ O

L
2 > O

L
3 > O

R
3. Biochemical 

and genetic studies have identified the contacts between amino acids in the C-terminal 
domain (CTD) that mediate these interactions. These contacts have been confirmed 
from the crystal structure of the isolated CTD tetramer [7] and are thought to 
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contribute considerably to the stability of lysogeny. Occupancy of O
R
2 by CI also 

activates transcription of the CI gene from the P
RM

 promoter, giving CI a positive auto-
regulatory mechanism [16, 30, 32] (Fig. 9.1a). This increases the level of CI to that 
required for repression of the lytic genes, as described above. At very high concentra-
tions, CI was observed to also bind to O

R
3 and repress its own transcription from P

RM
 

[29]. This negative auto-regulation had been suggested to be important to prevent an 
excessive accumulation of repressor and facilitate efficient switching to lysis when 
necessary. However, such a negative regulation did not seem possible at physiological 
concentrations and the role of both O

L
3 and O

R
3 remained controversial. In particular, 

the conventional wisdom was that O
L
3 was an evolutionary vestige.

A few years ago, it was suggested that, in the context of the intact l chromo-
some, CI molecules bind cooperatively not just to adjacent sites, but also to sites 
separated by thousands of base pairs, inducing a regulatory loop in the viral DNA 
[11]. Looping is widely used as a gene regulation mechanism [28] but, in most of 
the prokaryotic cases, the loop length is limited to few hundred base pairs. 
Therefore, looping is generally viewed as a way to increase the local protein con-
centration, that is, as a mechanism enhancing the ability of a repressor to bind to a 
weak operator site through the interaction with a second repressor molecule bound 
to a stronger operator nearby. Clearly, this is not the case of the l switch since the 
large loop size would not produce a significant increase in the local concentration 
(less than one order of magnitude).

This apparent quandary can be rationalized by the mechanistic hypothesis that 
the l loop first forms by the interaction between two tetramers bound at O

R
1–O

R
2 

and O
L
1–O

L
2, respectively. This octamer-mediated loop brings O

L
3 and O

R
3 into 

juxtaposition and favors their occupancy by CI dimers that can interact “head-to-
head” in a cooperative fashion, leading to a DNA loop mediated by a CI octamer 
plus tetramer. According to this hypothesis, the loop provides the correct scaffold 
for CI binding to weak O

R
3 at lysogenic concentrations [9–11] and effective 

Fig. 9.1  Model of CI regulation by long-range DNA looping proposed by Dodd et al. [11]. 
(a) CI dimers bound cooperatively at O

R
1 and O

R
2 repress transcription at P

R
 while the dimer 

at O
R
2 also activates transcription from P

RM
. The dimers bound cooperatively at O

L
1 and O

L
2 

repress transcription at pL. (b) Tetramers of CI bound at O
L
 and O

R
 interact forming an octa-

meric complex and a 2.3  kbp DNA loop. This higher-order complex facilitates cooperative 
binding of another pair of CI dimers at O

L
3 and O

R
3, resulting in the formation of another CI 

head–head tetramer and repression of transcription from P
RM
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repression of P
RM

 (Fig.  9.1b). In vivo experiments also indicate that such a loop 
would increase repression from lytic P

R
 fourfold [11, 37], with DNA looping stabi-

lizing the lysogenic state. Thus, stability of the lysogenic state, effective repression 
of P

RM
, and efficient switching to lysis in l may all depend on DNA looping. These 

considerations piqued the interest of several groups [1–3, 33, 39, 48] led Ptashne to 
revise the third edition of his book on the l bacteriophage genetic switch by adding 
a chapter on the newly proposed CI-mediated long-range interaction and its physi-
ological implications [34].

Here, we summarize new findings on l repressor interaction with l DNA. We 
describe how single-molecule experiments in our laboratories have produced direct 
evidence of CI-mediated l DNA looping in vitro [47], the critical role of interac-
tions between CI dimers bound at the O3 sites in loop stabilization, and the correla-
tion between CI-mediated looping and activity of P

RM
 (Sect. 9.2). Furthermore, the 

complex kinetics of both loop formation and breakdown lead to a postulated kinetic 
scheme in which nonspecific binding by CI plays a significant role (Sect.  9.3). 
Strategies for testing this kinetic hypothesis and some preliminary evidence are 
described at the end of Sect. 9.3, while the conclusions are discussed in Sect. 9.4. 
The studies provide significant evidence that the multi-operator arrangement found 
in l is the minimum necessary to guarantee robust lysogeny (strong repression of 
lytic genes) and efficient switching to lysis and mechanistic details of how looping 
confers epigenetic flexibility to cells.

9.2 � Loop Stability and Correlation  
with In Vitro Transcription

9.2.1 � CI Mediated Looping

Single molecule techniques have proven to be powerful tools for dissecting protein-
induced conformational changes in DNA, such as looping. In particular, using the 
tethered particle motion (TPM) technique, direct evidence of loop formation and 
breakdown by CI was provided [47, 48]. In TPM, a submicron-sized bead is tethered 
by a single DNA molecule to the glass surface of a microscope flow chamber. The 
bead’s lateral displacement with respect to the tether point ( ) ( ) ( )2 2t x t y tr = +  is 
recorded as function of time. The running average of the squared displacement 

over a suitable (4 s) time window
1/22

4S
r , is a measurement of the amplitude of the 

Brownian motion of the bead. In the presence of looping events, this gives rise to a 
telegraph-like signal [5, 6, 12, 31] and allows loop detection and quantification 
(Fig. 9.2, right).

In order to reliably analyze the Brownian motion and interpret amplitude fluc-
tuations in TPM measurements, experimental and theoretical methods have been 
developed and successfully applied in predicting the TPM signal for a broad range 
of DNA tether lengths [5, 27, 31].
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9.2.2 � Dependence of Loop Probability/Stability on CI 
Concentration and Correlation to P

RM
 Activity

It is now evident that strong stability of the lysogenic state, effective repression of 
P

RM
, and efficient switching to lysis in l all involve DNA looping, which regulates 

the amount of synthesized CI protein. Therefore, it is important to understand how 
looping depends on CI concentration, as this will yield insight into the robustness 
and sensitivity of the l switch. With this goal, our laboratories have directly 
detected and thermodynamically characterized. CI-mediated dynamic loop forma-
tion [48]. Loop formation was previously found to be correlated with transcrip-
tional regulation of P

L
, P

R
, and P

RM
 at various CI concentrations in the physiological 

range, based on the estimated number of CI monomers per lysogen [33]. In vitro 
transcription assays at different CI concentrations (Dale A.E. Lewis, unpublished 
results; Fig. 9.3a) can be compared with a series of TPM experiments, collectively 
constituting a “looping titration” (Fig. 9.3b).

For the purpose of this discussion, there are two important features of the tran-
scription results. First, transcription from the lytic promoters P

L
 and P

R
, which is 

high at low CI concentrations, is reduced at 8 nM CI and is completely repressed at 
20 nM CI. Second, CI transcription from P

RM
 is a function of CI concentration, as 

expected from the model of positive/negative autoregulation described in Sect. 9.1. 
The assays indicate that transcription from P

RM
, at a basal level for concentrations 

lower than 8 nM, increases up to maximal activation at 20 nM CI and is progres-
sively repressed as the concentration of CI is increased further (Fig. 9.3a).

According to the model for P
RM

 autoregulation, repression should result from 
O

R
3 occupation, which in turn results from loop formation and O

L
3 occupation. 

Therefore, the probability of loop formation should be an increasing function of CI 
concentration (Fig. 9.3a, left panel). In order to test this idea, TPM measurements 
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2
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Fig. 9.2 
1/2

2
4S

r  as a function of time for beads tethered by a DNA fragment where the regulatory 

regions are separated by 2,317 bp. Left: In the absence of CI (control experiment); Right: In the 
presence of 20 nM CI (monomer). All measurements are performed in l buffer (10 mM Tris–HCl 
pH 7.4, 200 mM KCl, 5% DMSO, 0.1 mM EDTA, 0.2 mM DTT, and 0.1 mg/ml a-casein). The 
length of the DNA tether is 3,477 bp



1979  DNA Looping in Prophage Lambda

on several hundred DNA-tethered beads were performed. Cumulative histograms 
representing the data from all these measurements at CI concentrations of 0, 20, 
40, 80, and 170 nM are reported in the left panel of Fig. 9.3b. This figure shows 
that in the absence of CI, DNA is in the unlooped state only; just one peak appears 
in the frequency histogram (gray). These control measurements also show the high 
reproducibility of the TPM experiments. In the presence of CI, the histograms 
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Fig.  9.3  (a) P
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 transcription concentration dependence. Left, in  vitro transcription assays 
showing the amount of transcripts from P
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 and the lytic promoters P

L
 and P
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. Right, comparison 

of the trends of P
RM

 activity. Experimental data for wt l DNA (dots). Solid line is best fit for wt l 
and dashed lines are simulated repression curves for O3− and O

L
3− DNA. All data are normalized 

to the maximum repression value obtained for O3− DNA. (b) Dependence of DNA looping on CI 
concentration. Left, probability distribution of the TPM signal observed for tethered beads (about 
40 for each condition) in the presence of different CI concentrations. The left column refers to wt 
DNA, while the right column refers to O3− DNA. The gray peaks represent the control measure-
ments without CI. Right, loop probability as a function of CI concentration for wt l (dots) and 
O3− DNA (squares). The lines are the result of the best fit performed as explained in [48]

0

0.01

0.02

0

0.01

0.02

0

0.01

0.02

0

0.01

0.02

no
rm

al
iz

ed
 fr

eq
ue

nc
y

2

4s (nm)

200 300 400 200 300 400

wt   [CI] = 20 nM 

wt   [CI] = 40 nM 

wt   [CI] = 80 nM 

wt   [CI] = 170 nM 

o3-   [CI] = 20 nM 

o3-   [CI] = 40 nM 

o3-   [CI] = 80 nM 

o3-  [CI] = 170 nM 

b
lo

op
 p

ro
ba

bi
lit

y

10-10 10-9 10-8 10-7 10-6
0

0.2

0.4

0.6

0.8

1.0

[CI]tot (M)

∆Goct= 1.7 ± 0.4 kcal/mol

∆Gtetr= −2.4 ± 0.6 kcal/mol

wt

o3−



198 L. Finzi et al.

show two peaks: one corresponding to the DNA unlooped state (higher amplitudes 
of Brownian motion) and the other to the looped conformation (lower amplitudes 
of Brownian motion). Note that the looped state, although not predominant, does 
occur at low CI concentrations. At 40  nM CI concentration, DNA molecules 
spend half of the time in the looped configuration and this correlates well with the 
partial repression of P

RM
 observed in Fig. 9.3a. In the presence of 80 nM CI, the 

DNA is prevalently looped, as expected from in  vitro transcription assays. 
However, even at 170 nM CI, the DNA is not always looped. This indicates that 
the dynamic nature of the system is modulated by CI concentration, but never 
completely disappears at physiological concentrations. Interestingly, the probabil-
ity of loop formation as derived from the histograms (Fig. 9.3b, right panel) was 
described very well by an extension of the statistical thermodynamic model devel-
oped by Ackers et al. [17, 38]. In order to relate the measured loop probabilities to 
the microscopic configurations of CI bound to the six operator sites, 81 unlooped 
and 32 looped configurations were considered according to the scheme proposed 
by Anderson and Yang [1, 2]. The probability for each DNA–protein configuration 
was expressed as,

	
[ ] ( )
[ ] ( )

2

2

exp /
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exp /

i
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i
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i
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−∆
=
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 	 (9.1)

where DG
i
 is the sum of the free energies for binding, short range cooperativity, and 

looping of each configuration and s
i
 is the number of bound CI dimers (CI

2
; 

Fig. 9.4). CI dimer concentration was calculated from the expression for the total 
concentration of CI:

	 [ ] [ ] [ ] [ ][ ] [ ]2
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K
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where K
d
 is the dimerization constant for CI [4], K

NS
 is the nonspecific binding 

constant [4], and l is the DNA length in base pairs (see Table 1 in [48]). The terms 
of this equation from left to right represent: CI monomers, CI dimers, nonspecifically 
bound, and specifically bound CI. The concentration-dependent loop probability 
was then calculated as:
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=
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	 (9.3)

in which the sum in the numerator runs over all the 32 looped configurations as in 
[1, 2] and is normalized by the sum of all the possible (looped and unlooped) 
configurations.

This thermodynamic analysis assumes that the loop can be secured either by a 
CI octamer or by an octamer plus a tetramer. The difference in free energy between 
these two looped species represents the tetramerization free energy DG

tetr
.
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To quantitatively correlate the single molecule experiment with the transcription 
assay, the same statistical mechanical model described above and used in [48] was 
employed to test whether it could also describe in  vitro transcription from P

RM
. 

Measurements of mRNA levels were made from the digitized image of the gel 
shown in the left panel of Fig. 9.3a and are shown in the right panel of Fig. 9.3a. 
Since the P

RM
 promoter is activated by occupancy of the O

R
2 operator and it is 

repressed by the binding of a CI dimer to O
R
3 [29], the expression for transcription 

from P
RM

 was as:

	
unlooped looped

3

RM repr act act bas
2 2 else

,
R RR

i i i i
i O i Oi O
i i

P p f p f p f p f
∈ ∈∈
∈ ∈

= + + α +∑ ∑ ∑ ∑ 	 (9.4)

in which a basal transcription value was assigned to all the configurations except 
those having O

R
2 occupied (activated transcription) and those having O

R
3 occupied 

(repressed transcription). Although the effect of looping on the repression of tran-
scription is still a matter of debate [1, 2, 11, 33], we assumed a two- to threefold 
(a = 2–3) increase for the activated transcription in the looped state [1, 2]. In the 
fitting of this data, the activated transcription p

act
, DG

oct
, and DG

tetr
 values were left 

as free parameters. The remarkable fit demonstrates that the model also accurately 
describes how transcription depends on CI concentration.

It must be noted that the in  vitro transcription experiments were carried out on 
plasmids having a loop length of only ~400 bp, whereas in the TPM experiment the 
wt loop region (~2,000 bp) was used. Since the free energy of loop formation also 
depends on the physical properties of DNA (loop length, supercoiling state, and per-
sistence length), a direct comparison of the looping free energy DG

oct
 obtained in the 

Fig. 9.4  Illustration of the procedure used to calculate DG
i
 in a few representative cases. The free 

energy for each unlooped species was expressed as the sum of all the free energies for binding and 
short-range cooperativity, available from previous work [17, 38]. The free energy expression for 
the looped species also included the term DG

oct
 and the tetramerization term, DG

tetr
 was added only 

for configurations in which two CI dimers not involved in the octamer were juxtaposed [2]. Using 
this model, the probability of looping was expressed as a function of CI concentration. The 
experimental data obtained with both wt l and lO3− DNA were fitted simultaneously to estimate 
DG

oct
 and DG

tetr

∆GL1 = ∆GL1,binding

∆GL1,2 = ∆GL1, binding + ∆GL2, binding + ∆GL1,2, coop

∆GLoop1,2 = ∆GL1, binding + ∆GL2, binding + ∆GL1,2, coop +

∆GR1, binding + ∆GR2, binding + ∆GR1,2, coop + 

∆Gloop octamer
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two cases is not possible. However, the lower value found for DG
oct

 in the transcription 
assay presumably reflects the reduced cost of looping due to plasmid supercoiling and 
shorter loop size. On the other hand, since tetramer formation takes place after loop 
closure, the value of DG

tetr
 is not influenced by the loop length or the degree of super-

coiling. Consequently, the values of DG
tetr

 determined in fitting the transcription assay 
(−2.1 kcal/mol) and the TPM-derived DG

tetr
 (−2.4 kcal/mol) [48] are very similar.

9.2.3 � Role of the O3 Operators

If (1) the four sites O
L
1, O

L
2 and O

R
1, O

R
2 are occupied first and almost 

simultaneously because of strong and cooperative binding of CI, and (2) CI 
octamer-mediated loop formation is further secured by the “head-to-head” interac-
tion of two dimers bound at the O

L
3 and O

R
3 operators, then mutation of the O3 

operators should interfere with stable CI-mediated looping. This idea was tested 
with TPM experiments using DNA tethers containing mutated O3 sites (O3− DNA) 
at four different CI concentrations (Fig.  9.3b). Details regarding these measure-
ments are reported in [48]. First, it was verified that no loop formation was observed 
in O

L
−O

R
− DNA, where all six l operators had been mutated (Fig. 9.5, third panel). 

This indicated that the selected point mutations effectively abrogate specific CI bind-
ing to operators. Then the probability of loop formation in O3− DNA was found to 
be approximately 10% for all CI concentrations tested (Fig. 9.3b, middle panel). 
These results show that intact O3 operators dramatically shift the equilibrium 
toward looping. According to the thermodynamic model, concentration-independent 
O3− looping results from cooperative filling of all the remaining sites, even at low 
CI concentration [30]. Instead, in the wt DNA, concentration-driven occupancy of 
the O3 sites drives the formation of octamer-plus-tetramer-mediated loops with 
lower free energy than CI octamer-mediated loops.

Fig. 9.5  Histograms of the TPM signal measured for wt, O3
,
− and null DNA at various nanomolar 

concentrations of CI reveal that (left) looping increases with CI concentration for wild-type DNA, 
(middle) looping dramatically decreases when O3 operators are mutated, and (right) simultaneous 
mutations to all operators abrogates looping
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9.2.4 � CI Nonspecific Binding

The peak corresponding to the extended, unlooped state in the frequency distribution

histograms of the TPM signal shifts toward smaller values of 
1/22

4S
r , as CI 

concentration increases (Figs.  9.3b and 9.5). This could have two different 
causes: poor temporal resolution preventing resolution of fast loop breakdown 
events and/or progressive DNA compaction due to bending associated with 
nonspecific binding of CI to the double helix. Typically, the system is sampled at 
50 Hz, but filtering reduces the resolution to 4 s. Even using statistical methods 
that do not employ filtering (see below), shortening of the unlooped DNA occurs. 
Thus, the effect of increasing CI concentrations was compared on null (OL−OR−), 
wt and O3− DNA (Fig. 9.5). The peak corresponding to unlooped DNA shifted 
leftward in all cases, suggesting that nonspecific CI binding is significant and 
considerably shortens the DNA tether. Work from the Cox lab lends strong 
support to the idea that nonspecific CI binding may be significant [44].

Further evidence of nonspecific, CI-induced DNA bending was obtained stretch-
ing and relaxing single DNA molecules by means of magnetic tweezers. The force 
versus extension curves that were obtained with or without CI were markedly differ-
ent (Fig. 9.6). In order to produce equivalent DNA extension, more force was neces-
sary in the presence of CI, indicating that CI may induce bends or kinks in the DNA 
through binding or transient interactions with nearby dimers that bend the interven-
ing DNA. The noteworthy hysteresis between the relaxation and stretching cycles 
may reveal interesting mechanistic details and is under investigation. Furthermore, 
quantification of the number of nonspecifically bound proteins is possible using the 
recent model proposed by Zhang and Marko [46], Liebesny et al. [50].

Fig. 9.6  DNA extension versus force for a wt, 11 kbp-long DNA molecule. Dots are averages of 
points from several pulling/relaxation cycles, in the absence of protein (black) and in the presence 
of 80 nM CI (blue and red). The solid curve is a worm-like-chain fit obtained assuming a persis-
tence length for DNA of 52 nm. The arrows indicate that the experimental data were collected 
during stretching (blue) or relaxation of the DNA molecule (red)
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Considering that CI mRNA is transcribed and translated close to P
RM

 , which 
likely produces a local concentration of CI dimers in excess with respect to the 
number of operators [33, 34], nonspecific binding may have physiological rele-
vance, just as shown in the case of other proteins [14, 49].

9.3 � Kinetics of CI-Mediated DNA Loop  
Formation and Breakdown

Kinetic analysis of formation and breakdown of the CI-mediated loop yields insight 
into the mechanism of looping and its regulatory effect on transcription. The kinet-
ics of protein-induced loop formation and breakdown have been deduced from 
TPM data for a variety of simple systems [12, 40, 41]. In these studies, the TPM 
signal was analyzed using time filtering (averaging) of the raw data followed by 
thresholding to determine the state of the system. Then, the measured dwell times 
of each state were plotted as probability density functions and the average lifetime 
of the looped or unlooped state was determined. For such systems, characterized by 
a simple kinetics, a single (or at most a double) exponential function can fit the data 
satisfactorily. In this way, the rate constants for the looping and unlooping reactions 
have been obtained along with an estimate for the free energy of loop formation. 
Note, however, that in all these cases, time filtering of the raw data significantly 
impacts the time resolution of the measurements and the kinetic constants. Methods 
have been proposed to either correct for such a drawback [8, 40, 41] or determine 
the kinetic constants from the raw data [8, 36]. These approaches, however, require 
the knowledge of the kinetic mechanism of the reaction being considered, and their 
application is limited to cases in which: (a) there is only a small number of discrete 
states separated by fixed energy barriers and (b) the kinetic rate constants connect-
ing these states are independent [21].

An ideal method of data analysis should have the highest possible time resolu-
tion and should be independent of physical models. In addition, it should avoid 
user-adjustable parameters, such as filtering, that skew the raw data.

Therefore, an alternative approach to the analysis of TPM traces was devised by 
Manzo and Finzi [27] based on a method previously published for time traces 
exhibiting discrete jumps in intensity [45]. A generalized likelihood ratio test is 
first applied to determine the location of a TPM signal change point (cp). This test 
is applied recursively to an entire TPM trace, to identify all cps (transitions between 
different DNA configurations). Expectation–maximization (EM) clustering and the 
Bayesian information criterion are then used for accurate determination of the number 
of states accessible to the system. This procedure (cp-EM) allows objective and 
quantitative determination of TPM cps without the artificial time resolution limita-
tions that arise from filtering and thresholding [45]. The applicability and perfor-
mance of this analysis was tested on artificial TPM data assembled ad hoc from 
segments of TPM data acquired in the absence of CI (unlooped) interdispersed 
between segments of TPM data from a DNA molecule of overall length comparable 
to that expected for the looped lambda DNA. Subsequently, the cp-EM algorithm 
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was used to analyze TPM data for a lambda DNA molecule in the presence of CI. 
This analysis confirmed that CI interaction with its operators produces most likely 
two states, which were commensurate with the looped and unlooped DNA states. 
The cp-EM approach allowed determination of the looped and unlooped dwell time 
distributions with a much increased time resolution [27].

9.3.1 � Analysis of the l Loop Kinetics

The cp-EM method described above and in [27] was applied to the analysis of the 
kinetics of CI-mediated loop formation and breakdown. Interestingly, the probability 
distribution function (pdf) for the dwell times of the looped and unlooped DNA 
conformations (states) span several orders of magnitude and show nonexponential 
tails at long times (Figs. 9.7 and 9.8). In the case of l DNA, it is reasonable to 
assume that the tripartite operator organization might lead to complex dynamics for 
loop formation and breakdown. Nevertheless, the discrete and Markovian nature of 
the kinetic system still predicts an exponential behavior for the pdfs.

We recall here that nonexponential decays have been reported for other physical 
systems such as ion channel currents [20, 22–25], quantum dot blinking time [13] 
and for fluorescence emission by green fluorescent protein [18, 19]. Notably, the 
dwell time determination by means of the filtering-threshold approach produced 
qualitatively similar results, excluding the possibility that artifacts might have been 

Fig. 9.7  Kinetics of loop formation. Top: Probability distribution function obtained for the dwell 
times of the unlooped state of wt DNA (left) and O3− (right) in the presence of 40 nM CI. Lines 
are the result of fitting by a stretched exponential pdf. Bottom: Average time spent in the unlooped 
configuration. Wild type and O3− data points are blue and red, respectively
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introduced by the cp method. Also the fact that, even a single DNA molecule 
observed for a long time, exhibited looped and unlooped dwell times spanning 
several orders of magnitude (Fig. 9.9) ruled out the possibility that complex kinetics 
may arise from heterogeneous sample preparations.

To empirically describe the data, we tested several pdfs. We found that a 
stretched exponential form provided a satisfactory fitting for the probability distri-
bution of the unlooped state dwell times at any tested CI concentration.

The stretched exponential distribution is expressed as:
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(9.5)

where the two adjustable parameter are the scale parameter t
0
 and the exponent c, 

the latter being smaller than one and giving an exponential distribution in the limit 
c = 1. From these parameters, the mean time is obtained as:

	 0 1t

c c
 τ = Γ    	 (9.6)

where G(x) represents the gamma function. The upper panels of Fig. 9.7 show the fit 
of the data relative to both wt and O3− DNA in the presence of 40 nM CI using the 

Fig. 9.8  Kinetics of loop breakdown. Top: Probability distribution function obtained for the dwell 
times of the looped state of wt DNA (left) and O3− (right) in the presence of 40 nM CI. Lines show 
the power law behavior at large times. Bottom: Power law exponent m determined from fitting the 
longer lifetimes. Wild type and O3− data points are blue and red, respectively
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stretched exponential distribution function. Both fitting parameters t
0
 and c show 

dependence on CI concentration and are significantly sensitive to the type of DNA 
(data not shown). As a consequence, their mean unlooped times, t, are similar, as 
shown in the lower panel of Fig. 9.7. For both wt l and O3− DNA, t decreases with CI 
concentration, although it does so more rapidly for the wt l than for the O3− DNA.

On the other hand, the dwell time distribution for the looped DNA state could 
not be fitted with a standard pdf; we observe, however, a power law decay at long 
times, resulting in a straight line on a log–log plot. The power law pdf:

	 plpdf mt −∝ 	 (9.7)

is sometimes referred as a “fractal” distribution since it reveals no characteristic size 
of the system, and therefore makes it impossible to extract a mean lifetime from the 
data. The log–log plots of the looped time distribution for wt l and O3− DNA at 
40 nM CI (Fig. 9.8, upper panels) show that, while the data from O3− DNA are well 
described by a power law function even at very short times, those from wt DNA are 
not. In both cases, however, the data for longer lifetimes are characterized by the 
exponent m» 2 in all the experimental conditions tested (lower panel of Fig. 9.8).

9.3.2 � Suggested Mechanism of Loop Formation  
and Breakdown and Role of Nonspecific Binding

The single-molecule experiments described in Sects. 9.2 and 9.3.1 highlight four 
important features of the l regulatory loop: (1) the pivotal role of the O3 sites in 
the thermodynamics of loop formation, (2) the concentration dependence of both 
loop formation and breakdown, (3) the presence of significant nonspecific CI binding 
even at low protein concentrations, which seems to bend or soften DNA and, 
finally, (4) the nonexponential kinetic behavior of both loop formation and break-
down. Taken together, these observations lead us to formulate the kinetic mecha-
nism described below.

First, consider loop formation. The most direct information on this process is pro-
vided by the distribution of the lifetimes of the unlooped state, which indicates the 

Fig. 9.9  A TPM trace for a wt DNA molecule in the presence of 40 nM CI. The DNA is 3,477 bp 
long
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average time for loop formation. As mentioned previously, this distribution is 
described by a stretched exponential function and the average unlooped state lifetime 
varies with CI concentration and is affected by mutations of the O3 sites (Fig. 9.7). 
According to the thermodynamic hypothesis that a CI octamer is the minimum 
requirement for loop formation [2, 11, 48], which is then stabilized by an additional 
CI tetramer, the concentration dependence can simply be explained by the increase in 
the population of the loop-forming substates (i.e., those having at least two pairs of 
adjacent, specifically bound CI dimers) as the amount of CI increases.

Kinetic complexity may arise from nonspecific binding of CI to DNA. Indeed, 
our TPM and force spectroscopy measurements show ample evidence of nonspecific 
CI binding (see Sect. 9.2.4), and there is other evidence from the Cox group [44]. 
Nonspecifically bound CI dimers may shorten the DNA by bending or softening the 
double helix upon binding or through interaction with nearby dimers. The ensuing 
DNA bending could facilitate loop formation by reducing the elastic energy neces-
sary for loop closure which, in turn, increases the encounter probability among the 
proteins bound at these two regions. The relevance of these effects would depend 
on the number of nonspecifically bound proteins in the loop region, n

NS
. The variation 

of the number of nonspecifically bound dimers would then generate a distribution of 
rate constants for loop formation (schematically represented by k

L
 (n

NS
) in Fig. 9.10) 

that could explain the observed stretched-exponential pdf. Note that nonspecific CI 
binding is likely to be relevant in vivo as well, since CI is produced in excess with 
respect to the number of operators [33].

In the case of loop breakdown kinetics, the distribution of the looped lifetimes 
also depends on CI concentration and on the presence of the O3 sites, but cannot 
be described by a standard pdf. Moreover, the distribution of long dwell times 
shows a power law decay with an exponent which does not depend on the experi-
mental conditions. According to the thermodynamic model described above [2, 48], 
the many possible looped substates can be grouped in two classes mediated by 
either four or six CI dimers, respectively. Each class will have a different break-
down rate. Consequently and in qualitative agreement with the experiments, the 
model predicts concentration-dependent loop breakdown kinetics and a simpler 
distribution in the case of O3− DNA in which octamer + tetramer loop cannot form. 
However, as for the distribution of unlooped lifetimes, the observed pdfs do not 
exhibit simple exponential behavior.

Nonspecific CI binding may contribute to the observed decay at long times. Indeed, 
nonspecifically bound CI dimers might interact through their CTD residues [7, 15] just 
as specifically bound dimers do. In particular, nonspecifically bound dimers within 
the  loop may tetramerize [7, 15] to fortify the specific nucleoprotein complex that 
secures the loop. In Fig.  9.10, k

L 
(n

NS
) and k

U
 represent the rate constants of loop 

formation and breakdown. If no additional nonspecifically bound proteins are pres-
ent, k

L
 (n

NS
 = 0) is single valued and the kinetics of the system are exponential. In the 

presence of nonspecifically bound CI, the variation of n
NS

 broadens the distribution 
of k

L
 (n

NS
). Any further tetramerization between these nonspecifically bound dimers 

would be dependent on their number n
NS

 and on their relative separation, ℓ, as sche-
matically diagrammed in Fig. 9.10, where k

a
 (n

NS
, ℓ) represents a distribution of rate 
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constants for the association between additional, loop-stabilizing CI tetramers (red), 
and k

d
 is the rate constant for their dissociation. These manifold looped states would 

give rise to a continuous distribution of waiting times for the breakdown of the 
l-mediated loop, producing a power law-like decay.

The model for loop formation and breakdown hypothesized here is based on two 
main ideas: the critical role of the O3 sites and nonspecific CI binding. The latter 
might facilitate loop formation in this and other physiologically relevant protein-
induced loops by decreasing the distance between the interacting sites, maintaining 
proximity of the specific regions, and by adding stabilizing protein–protein interac-
tions. Indeed, CI has been estimated to be in excess with respect to the number of 
specific binding sites [33] and extra CI is thought to confer immunity against sub-
sequent infection by additional phages [34].

This proposed mechanism of loop formation and breakdown by the CI repressor 
seems to be the simplest possible explanation that is consistent with and reconciles: 
(a) known biochemical data on CI/operator affinity and side-by-side cooperativity 
[17, 38], (b) in  vivo transcription data [1], and (c) single-molecule data. This 
mechanism is also attractive because its key assumptions may easily be tested and 
the experiments should yield useful guidelines for similar loop-based, regulatory 
looping systems. Furthermore, we would like to draw the attention of the reader to 
the fact that, as pointed out by Vilar and Saiz [42], only a narrow range of looping 
free energies separates high-sensitivity activation and repression of the P

RM
 pro-

moter. In this sense, nonspecific binding might function as a concentration-sensitive 
mechanism for the fine tuning of the looping free energy.

Fig. 9.10  A hypothetical kinetic scheme for loop formation and breakdown. In addition to the CI 
dimers at the operator sites (blue), nonspecifically bound dimers may affect the rate of loop forma-
tion (green) by DNA bending and may strengthen the loop providing additional loop closure 
elements (red). For simplicity only the case of an octameric loop is sketched

ka(nNS,    )

kd

τL(nNS)τL τU
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9.3.3 � Evidence in Support of the Kinetic Scheme

The kinetic model outlined above may be tested in at least two ways: First, a theo-
retical formulation of the distribution of rate constants produced by nonspecific 
binding could be derived and compared to the experimental pdfs. Second, the various 
possible looped and unlooped species and their dependence on CI concentration 
could be characterized using atomic force microscopy. This single-molecule 
technique can directly reveal the number of nonspecifically bound CI dimers and 
their interactions, and some evidence has already been obtained. Figure 9.11 shows 
AFM images of l DNA without CI, l DNA bound specifically by CI, and 
CI-mediated loops in l DNA. Volume analysis of the CI particle at the loop closure 
in several such AFM images revealed that the size of the protein particle increased 
over time (Fig. 9.12) [43]. Together, these data suggest that as time passes addi-
tional proteins bind to stabilize loops.

Furthermore, AFM images of DNA molecules in the presence of 40  nM CI 
included a few DNA loops secured by adjacent protein complexes (Fig.  9.13). 
These species, reported also in [43], might represent those with additional nonspe-
cific loop closures hypothesized in the kinetic model proposed in Sect. 9.3.2. More 
experimentation is necessary to confirm these hypotheses. Luckily, experimental 
and analytical methods are now available to interrogate simple epigenetic switches, 
such as lambda, and characterize the molecular mechanisms involved.

Fig.  9.11  Left column: DNA; center column: CI bound at operators on unlooped DNA; right 
column: CI-mediated DNA looping. Scale bars represent 100 nm
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9.4 � Conclusions

From viruses to humans, transcription is regulated by proteins that topologically con-
strain DNA. In most cases genes are controlled by large, cooperative assemblies of 
proteins that wrap and loop the DNA. These protein-induced conformational changes 
in the DNA often constitute real “epigenetic switches” whereby shifting the equilib-
rium towards one configuration or the other transcriptionally commits the system to 
one developmental pathway or another. Such is the case of the λ bacteriophage and, 

Fig. 9.12  Histograms of particle volumes measured at the loop junction after incubating DNA 
with 20 nM CI for 10 min (left) or 1 h (right)

Fig. 9.13  AFM images in which the CI-mediated DNA loop is secured by two distinct protein 
particles. Scale bar: 100 nm
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perhaps, of most temperate bacteriophages that may proliferate either quiescently 
(lysogenic mode) or virulently (lytic mode). Most often following infection, the 
repressor protein, CI, binds to multipartite operators and mediates cooperative, long-
range interactions that repress the lytic genes and maintain a stable lysogenic state, 
until adverse conditions (DNA damage, toxicity, starvation, etc.) induce a cascade of 
events that leads to the dissociation of CI from the double helix and efficient switching 
to lysis. This switch that alternatively stabilizes lysogeny or commits the λ bacterio-
phage to lytic reproduction [16] is a convenient, experimentally tractable epigenetic 
paradigm of transcriptional regulation. Due to the importance of λ as a model system 
not only for transcriptional regulation, but also for genetic networks, the underpin-
nings of this regulatory loop are important for understanding the sensitivity, stability 
and operation of such networks in epigenetics.

In this chapter, we have discussed new approaches to reveal details of the molecu-
lar mechanism of λ repressor-mediated looping. Single molecule observations have, 
first of all, provided direct evidence of CI-induced looping between the wild-type 
lambda operators. In addition, a titration of loop closure probability versus CI con-
centration combined with a thermodynamic model has substantially confirmed the 
hypothetical octamer + tetramer mechanism of CI-mediated regulation of lysogeny. 
Finally, kinetic analyses of the looping dynamics suggest an unsuspected, but in ret-
rospect, logical role that non-specific binding of the CI protein likely plays in 
lysogenic regulation. In a short time single molecule experimentation has provided 
detailed insight into how long-range interactions may govern epigenetic switching 
and these mechanisms will be pertinent to a variety of other systems with multi-
partite operators and multi- or heteromeric protein assemblies [30].

Acknowledgments  We would like to thank previous and current members of our groups whose 
research has facilitated these studies. We are also grateful to Haw Yang, who has provided 
reagents, analytical tools, and advice. The work described in this chapter was supported by the 
Italian Funding of Basic Research to LF and DDD, by the HFSP(RGP0050/2002-C) to L.F. and 
S.A., by the Intramural Research Program of the National Institutes of Health, National Cancer 
Institute and the Center for Cancer Research to S.A., by the Emory University Research Council 
and the NIH (RGM084070A) to LF.

References

	 1.	 Anderson L, Yang H (2008) A simplified model for lysogenic regulation through DNA looping. 
Conf Proc IEEE Eng Med Biol Soc 2008:607–610

	 2.	 Anderson LM, Yang H (2008) DNA looping can enhance lysogenic CI transcription in phage 
lambda. Proc Natl Acad Sci U S A 105(15):5827–5832

	 3.	 Atsumi S, Little JW (2006) Role of the lytic repressor in prophage induction of phage lambda 
as analyzed by a module-replacement approach. Proc Natl Acad Sci USA 103(12): 
4558–4563

	 4.	 Bakk A, Metzler R (2004) Nonspecific binding of the O-R repressors CI and Cro of bacterio-
phage lambda. J Theor Biol 231(4):525–533

	 5.	 Beausang JF, Zurla C, Finzi L, Sullivan L, Nelson PC (2007) Elementary simulation of tethered 
Brownian motion. Am J Phys 75:520–523



2119  DNA Looping in Prophage Lambda

	 6.	 Beausang JF, Zurla C, Manzo C, Dunlap D, Finzi L, Nelson PC (2007) DNA looping kinetics 
analyzed using diffusive hidden Markov model. Biophys J 92(8):L64–L66

	 7.	 Bell CE, Frescura P, Hochschild A, Lewis M (2000) Crystal structure of the lambda repressor 
C-terminal domain provides a model for cooperative operator binding. Cell 101(7):801–811

	 8.	 Colquhoun D, Sigworth FJ (1983) Fitting and statistical analysis of single channel recording. 
Plenum, New York

	 9.	 Dodd IB, Perkins AJ, Tsemitsidis D, Egan JB (2001) Octamerization of lambda CI repressor 
is needed for effective repression of P-RM and efficient switching from lysogeny. Genes Dev 
15(22):3013–3022

	10.	 Dodd IB, Shearwin KE, Egan JB (2005) Revisited gene regulation in bacteriophage lambda. 
Curr Opin Genet Dev 15(2):145–152

	11.	 Dodd IB, Shearwin KE, Perkins AJ, Burr T, Hochschild A, Egan JB (2004) Cooperativity in 
long-range gene regulation by the lambda CI repressor. Genes Dev 18(3):344–354

	12.	 Finzi L, Gelles J (1995) Measurement of lactose repressor-mediated loop formation and 
breakdown in single DNA-molecules. Science 267(5196):378–380

	13.	 Frantsuzov P, Kuno M, Janko B, Marcus RA (2008) Universal emission intermittency in 
quantum dots, nanorods and nanowires. Nat Phys 4(5):519–522 [10.1038/nphys1001]

	14.	 Guerra RF, Imperadori L, Mantovani R, Dunlap DD, Finzi L (2007) DNA compaction by the 
nuclear factor-Y. Biophys J 93(1):176–182

	15.	 Hochschild A, Ptashne M (1988) Interaction at a distance between lambda-repressors disrupts 
gene activation. Nature 336(6197):353–357

	16.	 Jain D, Nickels BE, Sun L, Hochschild A, Darst SA (2004) Structure of a ternary transcription 
activation complex. Mol Cell 13(1):45–53

	17.	 Koblan KS, Ackers GK (1992) Site-specific enthalpic regulation of DNA-transcription at 
bacteriophage-lambda OR. Biochemistry 31(1):57–65

	18.	 Leiderman P, Huppert D, Agmon N (2006) Transition in the temperature-dependence of gfp 
fluorescence: from proton wires to proton exit. Biophys J 90(3):1009–1018. doi:10.1529/
biophysj.105.069393

	19.	 Leiderman P, Huppert D, Remington SJ, Tolbert LM, Solntsev KM (2008) The effect of pressure 
on the excited-state proton transfer in the wild-type green fluorescent protein. Chem Phys Lett 
455(4–6):303–306. doi:10.1016/j.cplett.2008.02.079

	20.	 Liebovitch LS (1989) Analysis of fractal ion channel gating kinetics – kinetic rates, energy-
levels, and activation-energies. Math Biosci 93(1):97–115

	21.	 Liebovitch LS (1989) Testing fractal and Markov-models of ion channel kinetics. Biophys J 
55(2):373–377

	22.	 Liebovitch LS, Fischbarg J, Koniarek JP (1987) Ion channel kinetics – a model based on 
fractal scaling rather than multistate Markov-processes. Math Biosci 84(1):37–68

	23.	 Liebovitch LS, Fischbarg J, Koniarek JP, Todorova I, Wang M (1987) Fractal model of ion-
channel kinetics. Biochim Biophys Acta 896(2):173–180

	24.	 Liebovitch LS, Sullivan JM (1987) Fractal analysis of a voltage-dependent potassium channel 
from cultured mouse hippocampal-neurons. Biophys J 52(6):979–988

	25.	 Liebovitch LS, Toth TI (1991) Distributions of activation-energy barriers that produce 
stretched exponential probability-distributions for the time spent in each state of the 2 state 
reaction a-reversible-B. Bull Math Biol 53(3):443–455

	26.	 Maniatis T, Ptashne M (1973) Multiple repressor binding at operators in bacteriophage-
lambda – (nuclease protection polynucleotide sizing pyrimidine tracts supercoils E. coli). Proc 
Natl Acad Sci U S A 70(5):1531–1535

	27.	 Manzo C, Finzi L (2010) Quantitative analysis of DNA looping kinetics from tethered particle 
motion experiments in Methods in Enzymology, volume 475 “Molecule Tools, Part B: Super-
Resolution, Particle Tracking, Multiparameter, and Force Based Methods”, Ed. Nils G. Walter, 
pp 199–220.

	28.	 Matthews KS (1992) DNA looping. Microbiol Rev 56(1):123–136
	29.	 Maurer R, Meyer BJ, Ptashne M (1980) Gene-regulation at the right operator (Or) of  

bacteriophage-lambda.1. Or3 and autogenous negative control by repressor. J Mol Biol 
139(2):147–161



212 L. Finzi et al.

	30.	 Meyer BJ, Maurer R, Ptashne M (1980) Gene-regulation at the right operator (Or) of  
bacteriophage-lambda.2. Or1, Or2, and Or3 – their roles in mediating the effects of repressor 
and Cro. J Mol Biol 139(2):163–194

	31.	 Nelson PC, Zurla C, Brogioli D, Beausang JF, Finzi L, Dunlap D (2006) Tethered particle 
motion as a diagnostic of DNA tether length. J Phys Chem B 110(34):17260–17267

	32.	 Nickels BE, Dove SL, Murakami KS, Darst SA, Hochschild A (2002) Protein–protein and 
protein–DNA interactions of sigma(70) region 4 involved in transcription activation by 
lambda cl. J Mol Biol 324(1):17–34

	33.	 Oppenheim AB, Kobiler O, Stavans J, Court DL, Adhya S (2005) Switches in bacteriophage 
lambda development. Annu Rev Genet 39:409–429

	34.	 Ptashne M (2004) A genetic switch: phage lambda revisited, vol 3, 3rd edn. Cold Spring 
Harbor Laboratory, New York

	35.	 Ptashne M, Gann A (2002) Genes and signals. Cold Spring Harbor Laboratory, New York
	36.	 Qian H (2000) A mathematical analysis for the Brownian dynamics of a DNA tether. J Math 

Biol 41(4):331–340
	37.	 Revet B, von Wilcken-Bergmann B, Bessert H, Barker A, Muller-Hill B (1999) Four dimers 

of lambda repressor bound to two suitably spaced pairs of lambda operators form octamers 
and DNA loops over large distances. Curr Biol 9(3):151–154

	38.	 Senear DF, Brenowitz M, Shea MA, Ackers GK (1986) Energetics of cooperative protein–
DNA interactions – comparison between quantitative deoxyribonuclease footprint titration 
and filter binding. Biochemistry 25(23):7344–7354

	39.	 Stayrook S, Jaru-Ampornpan P, Ni J, Hochschild A, Lewis M (2008) Crystal structure of the 
lambda repressor and a model for pairwise cooperative operator binding. Nature 
452(7190):1022–1025

	40.	 van den Broek B, Vanzi F, Normanno D, Pavone FS, Wuite GJL (2006) Real-time observation 
of DNA looping dynamics of type IIE restriction enzymes NaeI and NarI. Nucleic Acids Res 
34(1):167–174

	41.	 Vanzi F, Broggio C, Sacconi L, Pavone FS (2006) Lac repressor hinge flexibility and DNA looping: 
single molecule kinetics by tethered particle motion. Nucleic Acids Res 34(12):3409–3420

	42.	Vilar JMG, Saiz L (2005) DNA looping in gene regulation: from the assembly of 
macromolecular complexes to the control of transcriptional noise. Curr Opin Genet Dev 
15(2):136–144

	43.	 Wang H, Finzi L, Lewis D, Dunlap D (2009) AFM studies of the CI oligomers that secure 
DNA loops. J Pharm Biotechnol 10:494–501

	44.	 Wang Y, Guo L, Golding I, Cox EC, Ong NP (2009) Quantitative transcription factor binding 
kinetics at the single-molecule level. Biophys J 96:609–620

	45.	 Watkins LP, Yang H (2005) Detection of intensity change points in time-resolved single-
molecule measurements. J Phys Chem B 109(1):617–628

	46.	 Zhang HY, Marko JF (2008) Maxwell relations for single-DNA experiments: monitoring 
protein binding and double-helix torque with force-extension measurements. Phys Rev E 
77(3):031916.1–031916.9

	47.	 Zurla C, Franzini A, Galli G, Dunlap DD, Lewis DEA, Adhya S et al (2006) Novel tethered 
particle motion analysis of CI protein-mediated DNA looping in the regulation of bacterio-
phage lambda. J Phys Condens Matter 18(14):S225–S234

	48.	 Zurla C, Manzo C, Dunlap DD, Lewis DEA, Adhya S, Finzi L (2009) Direct demonstration 
and quantification of long-range DNA looping by the lambda bacteriophage repressor. 
Nucleic Acids Res 37:2789–2795

	49.	 Zurla C, Samuely T, Bertoni G, Valle F, Dietler G, Finzi L et al (2007) Integration host factor 
alters LacI-induced DNA looping. Biophys Chem 128(2–3):245–252

50.	 Liebesny P, Goyal S, Dunlap D, Fereydoon family, Finz L, Fereydoon Family, Determination 
of the Number of Proteins Bound non-Specifically to DNA. JPCM (in press)



213M.C. Williams and L.J. Maher, III (eds.), Biophysics of DNA-Protein Interactions,  
Biological and Medical Physics, Biomedical Engineering,  
DOI 10.1007/978-0-387-92808-1_10, © Springer Science+Business Media, LLC 2011

10.1 � Background

10.1.1 � Homologous Recombination

Homologous recombination (HR) is a biological process in which DNA strands are 
exchanged between DNA molecules of identical or nearly identical sequence. HR 
helps to maintain genetic diversity in populations of organisms by promoting the 
gene conversion events that occur during meiosis in eukaryotes and during conjuga-
tion in prokaryotes. In mitotic cells, HR is essential for the accurate repair of DNA 
double-strand breaks (DSBs) (Fig. 10.1), which is important for maintaining genome 
stability [1, 2]. Defects in homologous recombination pathways are clearly impli-
cated in genome instability syndromes that are associated with human cancer [1, 3].

10.1.2 � Generation of ssDNA

The generation of single-stranded DNA is a common early step of HR pathways 
[4, 5]. Generally, ssDNA production occurs as a result of programmed nucleolytic 
resection of DSBs (Fig.  10.1), or due to replication fork stalling, breakage, or 
collapse. The production of ssDNA tails or gaps in otherwise duplex DNA triggers 
the assembly of core recombination machinery on ssDNA, most notably the 
presynaptic filament. The presynaptic filament is a helical nucleoprotein filament 
consisting of a recombinase enzyme and its accessory proteins bound cooperatively 
to ssDNA (Fig. 10.2). The assembly and dynamics of presynaptic filaments are the 
subjects of this chapter.
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10.1.3 � Conservation and Biological Function  
of Presynaptic Filaments

Presynaptic filament formation is a property shared by enzymes of the RecA 
recombinase family, which is highly conserved in all kingdoms of life [6]. 
Representatives include the RecA recombinases in prokaryotes, the UvsX recom-
binases in bacteriophages, the Rad51 and Dmc1 recombinases in eukaryotes, and 
the RadA recombinases in archaea. These enzymes share a conserved protein fold 
in their catalytic core domain that includes consensus Walker A/B nucleotide 
binding motifs, DNA binding sites, and sites for protomer–protomer interactions 
[6]. Many eukaryotic and archaeal species encode multiple Rad51 or RadA paralogs 

Fig.  10.1  DNA double-strand break repair by homologous recombination (HR). Nucleolytic 
resection of broken chromosomes (solid lines) generates 3¢ ssDNA tails on the broken ends. 
Recombination enzymes assemble into presynaptic filaments (not shown) on the exposed ssDNA 
and catalyze DNA strand exchange with the homologous chromosome (dotted lines). The invading 
3¢ ends prime recombination-dependent DNA replication (RDR) (thick arrows) using strands of 
the sister chromosome as templates. Continued DNA synthesis generates a double Holliday junc-
tion that is resolved by structure-specific endonucleases (thin or white arrows) to generate intact, 
recombinant chromosomes
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[7, 8] – that is, proteins related to Rad51 or RadA by gene duplication within the 
species but with sequences and functions that have diverged somewhat during 
evolution. RecA-family recombinases form presynaptic filaments by binding coop-
eratively, in head-to-tail fashion, to ssDNA. The formation of productive presynaptic 
filaments typically requires the presence of a nucleoside triphosphate cofactor. 
Filament formation on ssDNA activates the enzymatic activities of a recombinase 
including ssDNA-stimulated nucleoside triphosphate hydrolysis and homologous 
DNA strand exchange (Fig. 10.3).

DNA strand exchange reactions occur in three major steps – presynapsis, synapsis, 
and branch migration, all of which are promoted by the recombinase component of 
the presynaptic filament [6, 9]. In vivo, the presynapsis phase includes the generation 
of recombinagenic ssDNA – that is, ssDNA that can be recognized as a substrate for 

Fig. 10.2  Structure of the RecA recombinase-ssDNA filament. Recombinases of the RecA/Rad51 
family form right-handed helical filaments on single-stranded DNA. Shown in the figure is the 
X-ray crystallographic model for one helical turn of an E. coli RecA–ssDNA filament formed in the 
presence of ADP-AlF

4
 (PDB file no. 3CMW) [102]. The six RecA subunits are shown in different 

colors (red – blue). The ssDNA strand (magenta) binds to the inner surface of the filament
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strand exchange by the recombination machinery, and on through the assembly of a 
catalytically competent presynaptic filament. In vitro strand exchange reactions typi-
cally skip the ssDNA generation step by providing a DNA substrate that already 
contains recombinagenic ssDNA, which shares full sequence homology with the 
target dsDNA (Fig. 10.3). In the synapsis phase, the competent presynaptic filament 
searches a second, duplex DNA molecule for sequences that are homologous to the 
ssDNA contained within the filament. Homologous pairing of sequences is thought 
to occur via the formation of transient DNA triplex that is relatively slowly converted 
into a heteroduplex joint molecule structure containing the invading strand from the 
presynaptic filament, now base-paired to its complement in the target duplex 
(Fig. 10.3) [10]. The strand that is identical to the invading strand is displaced as 
ssDNA. The synapsis phase generates a partial Holliday junction that is translocated 
in the third phase, branch migration, to extend the length of the heteroduplex. 
Recombinase-driven branch migration, unlike spontaneous branch migration of 
Holliday junctions, is typically polar. Each recombinase catalyzes branch migration 
with a characteristic polarity, either 5¢ to 3¢ or 3¢ to 5¢ with respect to the invading 
strand, depending on the enzyme [11, 12]. Recombinase-initiated branch migration 
may be further stimulated by the action of certain DNA helicase enzymes [13, 14]. 
In vivo, translocated Holliday junctions are resolved by structure-specific endonu-
cleases to generate intact, recombinant chromosomes (Fig. 10.1), thus completing 
the HR or DSB repair process.

10.1.4 � Accessory Proteins Promote Presynaptic  
Filament Assembly

The success of recombination and DSB repair depends strongly on the timely 
assembly, stability, and turnover of presynaptic filaments. Presynaptic filament 
dynamics are regulated by nucleotide cofactors, and by accessory proteins including 

Fig. 10.3  In vitro DNA strand exchange reaction scheme. In vitro assays for DNA strand exchange 
typically bypass the nucleolytic resection step by providing one DNA substrate that is already 
single-stranded. Most strand exchange assays employ homologous circular ssDNA (SS) and linear 
dsDNA substrates derived from bacteriophages such as M13 or PhiX174. Homologous pairing 
catalyzed by the recombinase in the presence of ATP, ssDNA-binding protein, and recombination 
mediator proteins convert the substrates into heteroduplex joint molecule (JM) intermediates. 
Recombinase-catalyzed branch migration extends the joint molecules into heteroduplex nicked 
circle (NC) and linear ssDNA products, which are easily distinguished from substrates and inter-
mediates by agarose gel electrophoresis



21710  Dynamics of Protein–ssDNA Interactions in the Bacteriophage

ssDNA-binding proteins (SSBs) and recombination mediator proteins (RMPs), 
which are functionally conserved among diverse species [15]. SSB proteins contain 
oligonucleotide/oligosaccharide (OB)-fold motifs and bind tightly and specifically 
to ssDNA. Representatives of the SSB class of proteins include the homooligo-
meric bacterial SSB proteins, Gp32 protein and its relatives in bacteriophages, and 
the heterotrimeric RPA proteins in eukaryotes and euryarchaea. The crenarchaeal 
SSB proteins appear to share characteristics of both bacterial SSB and eukaryotic 
RPA proteins [16, 17]. The major function of ssDNA binding proteins in presynaptic 
filament assembly is the removal of inhibitory secondary structure from ssDNA via 
tight and cooperative binding to the polynucleotide. This provides an optimized 
ssDNA lattice for the assembly of other recombination proteins. Direct assembly of 
recombinase-ssDNA filaments on SSB-covered ssDNA is complicated by the high 
stability of SSB–ssDNA interactions, however. Recombinases typically lack suffi-
cient ssDNA binding energy, under physiological conditions, to directly compete 
with SSBs for binding sites. Consistent with this notion, biochemical studies have 
revealed a profound protein order of addition effect on in  vitro DNA strand 
exchange reactions: Recombinase assembly on ssDNA must precede the addition 
of the SSB component before efficient strand exchange can occur [15, 18]. 
Presaturation of ssDNA with the SSB component usually strongly inhibits both 
strand exchange and ssDNA-stimulated ATPase activities of the recombinase 
component.

The abundance of SSBs in  vivo indicates that other factors are necessary to 
direct the assembly of presynaptic filaments on ssDNA that is likely to already be 
covered with SSB protein. This role is fulfilled by the recombination mediator 
proteins, which by definition are proteins capable of overcoming the inhibitory 
effects of preformed SSB–ssDNA on recombinase catalytic activities [15]. 
Representatives of the RMP class of proteins include UvsY protein and its relatives 
in bacteriophages, bacterial RecO, RecR, and RecF proteins, and eukaryotic Rad52 
and Brca2 proteins, as well as Rad51 paralogs in both eukaryotes and archaea 
[18–25]. A general model of presynaptic filament assembly has emerged in which 
the SSB component sequesters and removes secondary structure from ssDNA, after 
which an RMP protein mediates loading of recombinase and concomitant displace-
ment of the SSB from ssDNA (Fig.  10.4) [26]. The biochemical mechanism of 
RMP activity in recombination is addressed in later sections.

10.1.5 � The Bacteriophage T4 Homologous  
Recombination System

Studies of the bacteriophage T4 recombination system have provided important 
insights on the mechanism of presynaptic filament assembly, on DNA strand exchange 
mechanisms, and on the coordination of recombination and DNA synthesis activities 
during recombination-dependent replication and DSB repair pathways [26–28]. 
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In  addition, the T4 system has provided some of the most detailed information 
available on the roles of RMP and SSB components in recombination [29–33]. 
T4 provides a relatively simple set of recombination proteins compared to cellular 
organisms, yet the functionalities represented are highly conserved, indicating that the 
molecular principles underlying T4 recombination are relevant to other systems. 
Therefore, the goal of this chapter is to illustrate the biophysical and biochemical 
principles elucidated from studies of T4 recombination proteins, in the hope of 
informing future recombination studies in diverse systems. The emerging story high-
lights the importance of dynamic protein–ssDNA interactions in fulfilling the DNA 
recombination and repair operations that are essential for genome stability.

Fig.  10.4  General model for presynaptic filament assembly on a resected DNA double-strand 
break. DNA ends are resected by nuclease complexes such as T4 Gp46/Gp47, E. coli RecBCD, or 
eukaryotic Mre11/Rad50/Nbs1 (MRN) to expose recombinagenic 3¢ ssDNA tails. ssDNA binding 
proteins such as T4 Gp32, E. coli SSB, or eukaryotic RPA rapidly bind and sequester the exposed 
ssDNA. Recombination mediator proteins/complexes such as T4 UvsY, E. coli RecFOR or 
eukaryotic Rad52, BRCA2, or Rad51 paralogs interact with SSB–ssDNA complexes and/or with 
dsDNA/ssDNA junctions and recruit recombinase. In the presence of ATP and mediators, recom-
binases such as T4 UvsX, E. coli RecA, or eukaryotic Rad51 nucleate and propagate as filaments 
on ssDNA while displacing the SSB protein
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10.2 � ssDNA Binding Properties of the T4 Core  
Recombination Machinery

In the T4 recombination system, three core protein components are required for 
presynaptic filament assembly under physiological conditions: UvsX, the phage 
recombinase; Gp32, the prototypical ssDNA-binding protein; and UvsY, the proto-
typical recombination mediator protein [26, 27]. UvsX is the T4 RecA ortholog, 
meaning that UvsX and RecA (as well as Rad51, RadA, etc.) evolved from a 
common ancestral gene by speciation. The ssDNA binding properties of the T4 
proteins have been studied in some detail; these are presented below in context with 
their enzymatic and/or physical properties.

10.2.1 � Notes About Salt Effects

The electrostatic interaction between positively charged active binding pockets in the 
proteins and invariably negatively charged phosphate backbones in DNA polyelectro-
lytes is the major molecular force driving recombination proteins to their targets. 
Thus, solution ionic strength has a large impact on the protein–DNA interactions, and 
anions such as acetate, chloride, and glutamate can compete effectively with DNA to 
bind proteins. Measuring and comparing the ssDNA binding properties of UvsX, 
Gp32, and UvsY, therefore, requires an understanding of the differential effects of salt 
on their ssDNA binding parameters. Thus, many quantitative studies of protein–
ssDNA interactions involve salt (usually NaCl) concentration as a variable. For the 
purposes of this discussion, we define “low-salt conditions” to mean experiments 
performed in buffered solution containing <0.2 M NaCl, and “high-salt conditions” 
to mean experiments performed in buffered solution containing ³ 0.2 M NaCl, unless 
otherwise noted. 0.2 M NaCl is taken as a reasonable approximation of physiological 
ionic strength in the T4-infected E. coli cell, since the requirements of in vitro recom-
bination assays performed at this salt concentration typically mimic genetic require-
ments for recombination in vivo [33–35].

10.2.2 � UvsX Recombinase

The 44 kDa UvsX protein plays central roles in T4 recombination, recombination-
dependent replication, and DSB repair pathways [26]. UvsX is a divergent RecA/
Rad51 ortholog, with 28% identity and 51% similarity to the catalytic core domain 
of E. coli RecA protein [6]. The name ortholog defines that UvsX originates from 
a common ancestor gene with RecA/Rad51 proteins and that they share similar 
functions in different species. UvsX possesses intrinsic ssDNA and dsDNA binding 
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activities. UvsX has higher intrinsic affinity for dsDNA than for ssDNA (R. Maher, 
H. Xu, and S. Morrical, unpublished results), but UvsX–ssDNA interactions are 
selectively stabilized by nucleoside triphosphates (ATP, dATP, or analogs such as 
ATPgS) and by UvsY protein [36, 37]. Binding of UvsX to ssDNA, not dsDNA, 
specifically activates the catalytic activities of UvsX including nucleotidase and 
DNA strand exchange activities.

10.2.2.1 � UvsX–ssDNA Interactions

The intrinsic ssDNA binding properties of UvsX have been investigated by several 
methods including etheno-DNA fluorescence enhancement assays, quantitative 
DNA-cellulose affinity chromatography experiments, and others [36] (R. Maher, 
H. Xu, and S. Morrical, unpublished results). UvsX exhibits an average binding site 
size on ssDNA of four nucleotide residues per protomer. UvsX binds to ssDNA 
with moderate affinity; the intrinsic affinity parameter, K

ss
, equals approximately 

104 M−1 at physiological ionic strength [36]. The observed binding affinity of UvsX 
for ssDNA is higher than the intrinsic affinity due to the effects of cooperativity, 
given the relationship K

obs
 = K

ss
w, where w is the cooperativity parameter. UvsX–

ssDNA interactions have a cooperativity parameter of w = 100, independent of salt 
concentration, therefore K

ss
w » 106  M−1 at physiological ionic strength [36]. This 

indicates a limited mode of cooperativity for UvsX, consistent with the formation 
of long filaments at high protein binding densities on ssDNA, but not with all-or-
none binding. Studies of ion effects on UvsX–ssDNA interactions revealed a 
significant electrostatic component for UvsX binding [36]. From salt-dependent 
binding measurements, it has been determined that UvsX makes as many as three 
electrostatic contacts with ssDNA phosphate residues per binding site, and at least 
one anion is displaced per binding site during complex formation. Therefore, 
UvsX–ssDNA filament stability increases markedly with decreasing salt concentra-
tion. The salt-sensitivity of UvsX–ssDNA interactions increases at very low binding 
densities of UvsX on ssDNA, consistent with a salt-sensitive nucleation step for 
UvsX filament formation (see below).

10.2.2.2 � ssDNA-Dependent ATPase Activity

Binding to ssDNA activates the nucleotidase activity of UvsX. The preferred sub-
strates are ATP and dATP. ATPase activity is strongly ssDNA-dependent under most 
salt conditions [38]; however, very high salt concentrations (>1 M NaCl) activate a 
robust ssDNA-independent ATPase reaction, an effect that is also seen in E. coli 
RecA protein [39]. Double-stranded DNA does not activate UvsX ATPase activity. 
Other noteworthy features of UvsX’s ssDNA-dependent ATPase activity include a 
high rate of catalytic turnover compared to bacterial RecA and eukaryotic Rad51 
enzymes [15], and a unique product profile. UvsX ATPase activity generates both 
ADP and AMP as products [38, 40]. Steady-state kinetics studies revealed that 
UvsX–ssDNA filaments contain two types of active sites with different K

m
 and 
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k
cat

/K
m
 values for substrates. One type of active site appears to generate AMP via a 

sequential mechanism (ATP → ADP → AMP) without releasing the ADP intermediate 
from the active site, while the other type of active site appears to produce ADP 
exclusively [40]. Mutational evidence suggests that active site asymmetry is important 
for UvsX-catalyzed DNA strand exchange [40]. Two classes of active sites are also 
observed in filaments of E. coli RecA and S. cerevisiae Rad51 proteins [41, 42], 
suggesting that active site asymmetry may be an important feature of the mechanisms 
of all recombinases.

10.2.2.3 � DNA Strand Exchange Activity

UvsX–ssDNA filaments promote a rapid search for homology within the dsDNA 
substrates of DNA strand exchange reactions. Homologous pairing requires ATP 
binding but apparently not its hydrolysis, whereas propagation of DNA strand 
exchange via polar branch migration exhibits a stronger requirement for ATP 
hydrolysis [43–45]. Strand exchange reactions exhibit a strong requirement for 
Gp32 in the correct order of addition [34, 38, 46]. High-salt conditions and/or 
incorrect order of Gp32 addition lead to an absolute requirement for UvsY protein 
for strand exchange reactions in vitro [30, 46]. This condition mimics the in vivo 
situation wherein T4 uvsX and uvsY mutants exhibit equivalent recombination defi-
ciencies [47–49]. The products of UvsX-catalyzed DNA strand exchange reactions 
tend to be branched networks of ssDNA and dsDNA. This observation suggests that 
UvsX is more efficient at catalyzing homologous pairing than at catalyzing branch 
migration, so that each molecule of ssDNA substrate participates in many synapsis 
events before it is completely converted into heteroduplex DNA [14, 38].

10.2.3 � Gp32 ssDNA-Binding Protein

Gene 32 protein or Gp32, the prototype ssDNA-binding protein, has been charac-
terized extensively [50–52]. Gp32 is an integral component of the T4 replisome and 
also plays central roles in homologous recombination and DNA repair. The primary 
structure of Gp32 (301 residues, 34 kDa) contains three distinct regions including 
the N-terminal “basic” or B-domain (residues 1–22), the ssDNA-binding “core” 
domain (residues 22–253), and the C-terminal “acidic” or A-domain (residues 
254–301) [53]. The X-ray structure of the core domain was determined upon 
cocrystallization with oligo(dT)

6
 [52]. This domain contains an oligonucleotide/

oligosaccharide-binding (OB-) fold, and its structure is stabilized by a Zn++ atom 
coordinated to residues His-64, Cys-77, Cys-87, and Cys-90. Molecular studies 
reveal that the B-domain is the specific region responsible for Gp32 homotypic 
associations and for the cooperativity of Gp32–ssDNA interactions [54, 55], 
whereas the A-domain is important for the heterotypic associations of Gp32 with 
other T4 DNA recombination and replication factors including UvsX, UvsY, DNA 
polymerase, and associated machinery [56–59].
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10.2.3.1 � Gp32–ssDNA Interactions

Gp32 exhibits approximately 104-fold higher affinity for ssDNA than for dsDNA. 
Binding is sequence-nonspecific, but the observed affinity (K

ss
w) varies with lattice 

composition according to the general hierarchy of: poly(dT) > ssDNA (random 
sequence) > ssRNA >> dsDNA [60, 61]. The observed affinity, K

ss
w, of Gp32 for 

random-sequence ssDNA approaches 109 M−1 at salt concentrations that simulate 
physiological ionic strength [61, 62]. Equilibrium and kinetic parameters of Gp32–
ssDNA interactions, including binding site size n, intrinsic affinity K

ss
, and 

cooperativity w, have been determined for a variety of polynucleotide lattices [60]. 
The average binding site size of Gp32 on ssDNA is approximately seven nucleotide 
residues per protomer. Gp32–ssDNA interactions are characterized by high 
cooperativity, with w generally ³1,000 for all single-stranded lattices examined. 
This “unlimited” type of cooperativity means that Gp32 exists almost exclusively 
in clusters or saturated filaments on ssDNA at binding densities normally encoun-
tered in in vitro recombination assays or in vivo.

The affinity of Gp32 for ssDNA shows an unusual dependence on salt concen-
tration. Under high-salt conditions, the affinity constant increases with decreasing 
salt, but under low-salt conditions (<0.2 M NaCl), the affinity constant becomes 
essentially independent of salt concentration. This phenomenon has recently been 
investigated using single-molecule methods [63–65]. An attractive model for the 
bimodal salt effect has emerged from these studies: Under low-salt conditions, 
negatively charged residues in the acidic C-terminal domain of Gp32 compete 
with ssDNA for binding to positively charged residues in the ssDNA binding site. 
Therefore, binding affinity plateaus as the salt concentration continues to drop 
below 0.2 M NaCl. On the other hand, high-salt conditions disrupt electrostatic 
interactions between the C-terminal domain and the ssDNA binding site. Now, 
small cations (Na+) interact with negatively charged residues in the C-terminal 
domain, while small anions (Cl−) interact with the unmasked positively charged 
residues in the ssDNA binding site. This sets up a classic binding competition 
between Cl− ions and ssDNA phosphate residues under high-salt conditions, 
resulting in a normal salt effect in which ssDNA binding affinity increases with 
decreasing salt concentration. This model has been validated by studies of a trun-
cated form of Gp32 called *I or Gp32-A. With *I, which lacks the C-terminal 
domain, ssDNA binding affinity does not plateau below 0.2 M NaCl, indicating 
unfettered access of ssDNA to its binding site under low-salt conditions [64]. The 
bimodal salt effect on Gp32–ssDNA interactions has important implications for 
the relationship between Gp32, UvsX, and UvsY proteins, which we discuss in a 
later section.

10.2.3.2 � Gp32 in DNA Strand Exchange

Gp32 plays important pre- and postsynaptic roles in DNA strand exchange 
reactions catalyzed by UvsX protein in concert with UvsY [29, 30, 34, 38, 46, 66]. 
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During  presynaptic filament formation, Gp32 denatures ssDNA secondary 
structure and provides an optimum lattice conformation for assembly of UvsX–
ssDNA filaments. The net effect of Gp32 on UvsX–ssDNA filament formation is 
inhibitory under physiological salt conditions, however, since the higher affinity of 
Gp32–ssDNA interactions allows Gp32 to effectively compete with UvsX for 
binding sites on the ssDNA [36]. Proper assembly of presynaptic filaments therefore 
requires the mediator function of UvsY protein in addition to UvsX and Gp32 
(see below) [15, 26].

10.2.4 � UvsY Recombination Mediator Protein

UvsY is the prototype recombination mediator protein or RMP [15]. RMP activity 
is defined as the ability to load an RecA/Rad51 recombinase onto ssDNA that is 
saturated with prebound cognate ssDNA-binding protein. UvsY is an essential 
partner for UvsX-catalyzed DNA strand exchange reactions under physiological or 
high-salt conditions [33–35]. UvsY is also an essential partner for UvsX recombi-
nation functions in  vivo since mutations knocking out either gene product are 
equally recombination-deficient [47–49]. UvsY is a small protein (15.8 kDa) but 
forms stable 95 kDa hexamers that bind to ssDNA as intact units [67]. Thus, UvsY 
is the only member of the core T4 recombination machinery that forms a discreet 
oligomeric structure; UvsX and Gp32 both appear to form mixed oligomers in solu-
tion [55] (unpublished results).

10.2.4.1 � UvsY–ssDNA Interactions

UvsY has a binding site size on ssDNA of four nucleotide residues per protomer, 
the same as UvsX [68]. A UvsY hexamer therefore occupies 24 nucleotides of 
ssDNA. Indeed, UvsY hexamers form very stable complexes with 24- or 25-base 
oligonucleotides, which can be isolated and crystallized [67] (H. Xu and S. 
Morrical, unpublished results). UvsY binds to ssDNA with high affinity but little 
or no cooperativity. An intrinsic affinity of K

ss
 » 107 M−1 has been estimated for 

UvsY binding to random-sequence ssDNA in 0.2 M NaCl [68]. Therefore, UvsY 
has higher intrinsic affinity, but lower cooperativity, for ssDNA than both UvsX 
and Gp32 under salt conditions that approximate physiological ionic strength. 
The affinity advantage of UvsY is even more striking under low-salt conditions 
due to a relatively large salt effect on K

ss
 [68, 69], and to the low-salt plateau 

effect on Gp32–ssDNA interactions described above, which UvsY does not share. 
High-affinity UvsY–ssDNA interactions are disrupted by mutations in the 
C-terminus that prevent its hexamerization, and by mutations of basic residues 
Lys-58 and Arg-60 that are required for normal electrostatic contacts with ssDNA 
[33, 35, 37, 70, 71].
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10.2.4.2 � Affinity for Wrapped vs. Stretched DNA

The hexameric structure of UvsY suggests the ability to wrap bound ssDNA. This 
hypothesis is supported by the observation that a monomeric form of UvsY has 
104-fold lower affinity for ssDNA than wild-type [72]. DNA stretching studies 
provide further evidence for ssDNA wrapping by UvsY at the single-molecule 
level. Force spectroscopy measurements demonstrate that UvsY strongly wraps 
ssDNA that is created by the exposure of stretched dsDNA molecules to glyoxal 
[71]. Wrapping occurs at low stretching forces where the DNA is relatively relaxed, 
whereas wrapping is suppressed when the DNA is under tension. This suppression 
of wrapping leads to the loss of preferential binding to ssDNA under the conditions 
of the DNA stretching experiments – in fact, UvsY binds tighter to dsDNA than to 
ssDNA under high stretching forces [71]. In contrast, under relaxed conditions 
UvsY exhibits ~1,000-fold higher affinity for ssDNA than for dsDNA [69]. 
Presumably UvsY cannot wrap dsDNA because its persistence length is much 
higher than that of ssDNA [73]. The observation that UvsY binds tightly to 
stretched duplex DNA suggests that it may recognize extended or “stiff” DNA 
structures such as that created by the binding of Gp32 to ssDNA, then convert them 
into a wrapped ssDNA structure. This recognition and conversion could play an 
important role in presynaptic filament assembly as we discuss in a later section.

10.2.4.3 � UvsY in DNA Strand Exchange

UvsX exhibits a strict requirement for UvsY in strand exchange assays performed 
at physiological or high-salt conditions [34, 35, 70], consistent with the codepen-
dency of in vivo recombination processes on UvsX and UvsY [47–49]. UvsY also 
lowers the critical concentration of UvsX for recombination processes including 
recombination-dependent DNA replication [66, 74]. UvsY stimulates the ssDNA-
dependent ATPase activity of UvsX and exhibits synergistic effects with Gp32 on 
this reaction [35, 46]. UvsY affects these reactions primarily at the stage of presyn-
aptic filament assembly. The mechanism of UvsY action in recombination is 
explored in detail below.

10.3 � Modulation of Protein–ssDNA Interactions During 
Presynaptic Filament Assembly

10.3.1 � Nucleotide Effects

UvsX–ssDNA interactions are regulated by the ATPase cycle. ATPgS, an ATP 
analog that is bound but hydrolyzed very slowly by UvsX, induces stable, high-
affinity binding of ssDNA [36, 37]. The physiological substrate ATP also enhances 
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UvsX–ssDNA interactions, but it does so transiently because it is rapidly hydrolyzed 
by UvsX in the presence of ssDNA [33]. The products of UvsX-catalyzed ATP 
hydrolysis, ADP and AMP, are associated with decreased ssDNA-binding affinity 
under steady-state conditions [33, 40].

10.3.2 � Effects of UvsY Protein

While UvsX and Gp32 binding to ssDNA appears to be mutually exclusive [31, 33, 
75], there is clear evidence that UvsY can co-occupy ssDNA binding sites simulta-
neously with either Gp32 or UvsX [30, 37, 43, 75–77]. The presence of UvsY alters 
the ssDNA binding properties of both Gp32 and UvsX in ways that are critical for 
presynaptic filament assembly and recombination function.

10.3.2.1 � UvsY Destabilizes Gp32–ssDNA Interactions

Ensemble measurements demonstrate that UvsY binds stoichiometrically to Gp32-
saturated ssDNA at a ratio of approximately one UvsY hexamer per three Gp32 
protomers, which correlates well with their binding site sizes on ssDNA (n = 24 and 
7 nucleotide residues for UvsY

6
 and Gp32, respectively) [76]. The result is a stable 

UvsY–Gp32–ssDNA tripartite complex at physiological ionic strength (Fig. 10.5). 
Within the tripartite complex Gp32–ssDNA interactions are destabilized as shown 
by their increased sensitivity to disruption by salt compared to Gp32–ssDNA com-
plexes in the absence of UvsY [76]. Destabilization of Gp32–DNA interactions by 
UvsY has also been observed at the single-molecule level, using DNA stretching 
methods [71]. It has been proposed that UvsY destabilizes Gp32–ssDNA by lower-
ing Gp32’s cooperativity parameter [76]. By destabilizing Gp32–ssDNA, UvsY 
lowers the energy barrier necessary for UvsX filament formation on and Gp32 
displacement from the lattice, under salt conditions that would otherwise favor 
Gp32- over UvsX–ssDNA interactions. While UvsY does not directly displace 
Gp32 from ssDNA at physiological salt, it is possible that direct displacement does 
occur at lower salt concentrations where the intrinsic affinity of UvsY–ssDNA 
dominates that of Gp32–ssDNA interactions. This suggests that there could be 
alternative concerted or stepwise mechanisms for Gp32–ssDNA disruption during 
presynaptic filament assembly, depending on salt conditions [71] (Fig. 10.5). In the 
concerted mechanism, Gp32 displacement from ssDNA requires the simultaneous 
action of UvsY and UvsX. This mechanism is observed under high-salt conditions 
and is most consistent with the genetic requirements of T4 recombination. In the 
stepwise mechanism, UvsY would directly displace Gp32 from ssDNA then recruit 
UvsX to the lattice. This mechanism is postulated to occur under low-salt condi-
tions, but is difficult to confirm since UvsY-independent presynaptic filament 
assembly also occurs at low salt [34].
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10.3.2.2 � UvsY Stabilizes UvsX–ssDNA Interactions

Ensemble measurements indicate that UvsY and UvsX cooccupy ssDNA at a 
stoichiometric ratio of approximately one UvsY hexamer per six UvsX protomers, 
which is in accord with their equivalent protomeric binding site sizes (n = 4 nucleotide 
residues) [37]. UvsY stabilizes UvsX–ssDNA interactions within the UvsY–UvsX–
ssDNA tripartite complex, as shown by increased salt-stability of UvsX–ssDNA. 
Stabilization is observed whether or not UvsX is in apo or nucleotide-liganded forms, 
but the most stable complex is formed in the simultaneous presence of UvsY and 
ATPgS, indicating that mediator protein and nucleoside triphosphate cofactor act 
synergistically to stabilize presynaptic filaments [37]. Other evidence suggests that 
under steady-state conditions for ssDNA-dependent ATP hydrolysis, UvsY acts as a 
nucleotide exchange factor for  UvsX [32]. It is proposed that UvsY’s nucleotide 
exchange factor (NEF) activity increases the lifetime of UvsX in its ATP-bound, 
high-affinity form, which would promote the stability and recombination activity of 

Fig. 10.5  Double hand-off model for the mechanism of mediator protein UvsY in T4 presynaptic 
filament assembly. UvsY protein facilitates the loading of UvsX recombinase onto ssDNA and the 
concomitant displacement of Gp32 ssDNA-binding protein from ssDNA. The figure shows UvsX 
loading and Gp32 displacement from the perspective of a single UvsY hexamer, as if looking 
down the helical axis of a nascent presynaptic filament. The cooperative binding of Gp32 to 
ssDNA extends the polynucleotide lattice. The first handoff occurs as hexameric UvsY recognizes 
and binds to the extended ssDNA (step 1), then converts it into a wrapped conformation(s) (steps 
2 and 3), destabilizing Gp32–ssDNA interactions in the process. The UvsY-wrapped ssDNA 
complex is postulated to be in equilibrium between “closed” and “open” conformations (step 3), 
the latter of which is recognized by the ATP-bound form of UvsX protein to nucleate presynaptic 
filament assembly (step 4) while displacing Gp32. (A) Steps 3 and 4 constitute a step-wise 
mechanism for Gp32 displacement and UvsX loading by UvsY, which may occur under low-salt 
conditions. (B) Under high-salt conditions UvsY does not displace Gp32 from ssDNA directly, so 
filament assembly likely occurs by a concerted mechanism in which synergistic action of UvsY 
and ATP-bound UvsX is required to displace Gp32. See text for details
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presynaptic filaments. Thus, the reciprocal activities of UvsY in stabilizing 
UvsX–ssDNA and destabilizing Gp32–ssDNA interactions promote the nucleation 
and growth of UvsX filaments on ssDNA with concomitant displacement of Gp32 
(Fig. 10.5).

10.3.2.3 � Affinity Changes Are Driven by Changes in ssDNA Structure

All three of the core recombination proteins, UvsX, Gp32, and UvsY, undergo 
protein–protein interactions with one another, and some of these interactions appear 
to be important for the overall strand exchange reaction [35, 57, 75]. Both UvsX and 
UvsY interact with the C-terminal domain of Gp32 [56, 57]. Studies of UvsY, how-
ever, have shown that its ability to destabilize Gp32–ssDNA complexes is independent 
of Gp32’s C-terminal domain and of UvsY–Gp32 interactions [71, 76]. Both ensemble 
and single-molecule data show that UvsY has equal destabilizing effects on the 
ssDNA-binding activities of wild-type Gp32 and of truncation mutant *I (Gp32-A), 
which lacks interactions with UvsY. These findings indicate that the ssDNA-binding 
activity of UvsY is responsible for destabilizing Gp32–ssDNA interactions.

It also appears likely that ssDNA wrapping by UvsY optimizes ssDNA structure 
for high-affinity binding by UvsX protein (Fig.  10.5). Evidence for this model 
comes from studies of in vitro complementation of UvsX and UvsY mutations in 
ssDNA-dependent ATPase and DNA strand exchange reactions [32]. UvsY single 
and double missense mutants K58A and K58A/R60A have reduced ssDNA binding 
affinities compared to wild-type [70]; likewise UvsX missense mutants H195Q and 
H195A have reduced affinities for ssDNA and exhibit differential gain/loss of enzy-
matic function compared to wild-type [40]. It was shown that unlike wild-type 
UvsX, the ssDNA-dependent ATPase activities of UvsX-H195Q/A mutants are 
strongly inhibited by both low and high concentrations of UvsY protein. This inhi-
bition is partially relieved by UvsY mutants with decreased ssDNA-binding affinity 
[32]. The UvsX-H195Q mutant retains weak DNA strand exchange activity that is 
inhibited by wild-type UvsY, but stimulated by the ssDNA-binding compromised 
UvsY mutants [32]. The patterns of complementation and other results support a 
mechanism in which the formation of competent presynaptic filaments requires a 
hand-off of ssDNA from UvsY to UvsX, with the efficiency of the hand-off con-
trolled by the relative ssDNA-binding affinities of the two proteins (Fig. 10.5).

10.3.3 � A Double Hand-Off Mechanism for Presynaptic  
Filament Assembly

It has become evident that many nucleic acid pathways channel their DNA or RNA 
substrates through a series of hand-off transactions in which a nucleic acid structure 
or intermediate is passed directly from one protein in the pathway to the next 
without ever being released as free nucleic acid [78]. The advantages of this 
strategy would appear to be twofold: Potential cytotoxic effects of the nucleic acid 
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structure or intermediate are minimized by keeping it sequestered, and the nucleic 
acid is protected from inappropriate degradation or side reactions. It seems reason-
able that ssDNA in recombination pathways would be similarly channeled. Based 
on the DNA binding properties of the three protein players, we propose that the 
loading of UvsX recombinase onto Gp32–ssDNA complexes proceeds through a 
series of at least two sequential hand-off steps (Fig.  10.5): First, Gp32 binds to 
ssDNA and converts it into an extended form resembling the mechanically stretched 
DNA that was sampled in single-molecule experiments. Hand-off no. 1 occurs as 
UvsY recognizes and binds to the extended ssDNA, then converts it into a wrapped 
form that destabilizes Gp32–ssDNA interactions. The UvsY-wrapped ssDNA com-
plex is postulated to be in equilibrium between “closed” and “open” states. The 
closed form is the one that destabilizes Gp32–ssDNA interactions, and it is inacces-
sible to UvsX. The open form is optimal for UvsX–ssDNA interactions. Hand-off 
no. 2 occurs as the ATP-bound form of UvsX recognizes and binds to the open 
UvsY–ssDNA structure, nucleating or propagating a UvsX–ssDNA filament while 
inducing Gp32 to leave. Superimposed on this underlying mechanism are effects 
involving UvsX cooperativity and the NEF activity of UvsY that have not been 
fully explored. Also, linking ATP hydrolysis by UvsX to the hand-off scheme 
creates opportunities for dynamic instability in presynaptic filaments, which we 
will address in the following section.

10.4 � UvsX–Gp32 Exchanges on ssDNA

10.4.1 � Role of Salt, Nucleotides, and UvsY

A fluorescein-conjugated form of Gp32, Gp32F, has been used as a probe for Gp32 
displacement from ssDNA and to study the kinetics of presynaptic filament assembly 
[33]. The fluorescence intensity of the fluorescein moiety is enhanced by two- to 
threefold upon binding of Gp32F to ssDNA. Therefore, Gp32F specifically reports on 
the Gp32–ssDNA association/dissociation status in real time and in the presence of 
other proteins. Gp32F displays equilibrium and kinetic ssDNA-binding behavior 
similar to unlabeled Gp32 [33]. Normally, the equilibrium affinity of recombination 
proteins towards ssDNA increases with decreasing salt concentration, but the extent 
varies greatly with each individual protein. As described above, K

ss
 of Gp32 increases 

only slightly when decreasing salt below ~0.2 M NaCl, while K
ss
 of UvsX increases 

dramatically in the same range [36, 79]. As a consequence, the outcomes of competi-
tion towards ssDNA binding between UvsX and Gp32 are quite different at lower and 
higher salt concentrations. Under low-salt conditions, UvsX possesses high enough 
intrinsic affinity compared to Gp32 and is able to nucleate and propagate onto Gp32F-
covered ssDNA, as measured by the time-dependent decrease in Gp32F fluorescence. 
ATP- or ATPgS-binding are required to endow UvsX with at least a transient high-
affinity form to compete with Gp32F and displace it, since ADP and AMP, or the 
absence of nucleotides, could not support it [33]. Under high-salt conditions where the 
ionic strength is more physiologically relevant, ATP- or ATPgS-binding alone is not 
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sufficient for UvsX to compete with and overcome the dominant residence of Gp32 
on ssDNA. Under these conditions, UvsY is called for to facilitate UvsX–ssDNA fila-
ment formation and Gp32 displacement, as measured by the decrease in Gp32F fluo-
rescence [33]. Even in this UvsY-dependent mode, binding of ATP or ATPgS is an 
absolute requirement for UvsX to form a presynaptic filament. No Gp32F displace-
ment occurs in the presence of ADP, AMP, and no nucleotide, even with UvsY present 
[33]. This observation agrees well with the previous finding that UvsY and ATPgS-
binding stabilize UvsX on a short 24-mer oligo synergistically, which implies the 
cooperation of these two factors at the filament nucleation level [37].

10.4.2 � Kinetics of Presynaptic Filament Assembly

The special fluorescence properties of Gp32F enabled the first detailed kinetic study 
on presynaptic filament assembly using a fully-reconstituted in vitro T4 recombina-
tion system (UvsX, UvsY, and Gp32), which provides new insights into UvsX–Gp32 
exchange and the molecular mechanism of UvsY in recombination mediation [80]. 
Under low-salt conditions, UvsX filaments assemble on Gp32F-covered ssDNA in 
an ATP-dependent manner; the nucleation step is highly salt-sensitive. Based on the 
observation that nucleation rates are faster than propagation rates, it was proposed 
that UvsX nucleates rapidly at many different sites to initiate filament assembly. 
This proposal is consistent with observations from direct examination of human 
Rad51 assembly on dsDNA. Human Rad51 forms multiple nucleation sites rapidly, 
but the nucleation frequency drops substantially with increasing NaCl concentration 
as well [81]. Under high-salt conditions, UvsX could not displace Gp32F and no 
filament assembly could occur without the mediator protein UvsY. Results indi-
cated that UvsY preferentially stabilizes and enhances a prenucleation complex to 
overcome the salt sensitivity hurdle, permitting UvsX filament formation and con-
current active Gp32F displacement. The observed nucleation rate in the presence of 
UvsY is several-fold higher than in its absence, and this increase comes from an 
increased intrinsic binding affinity (K

1
) of UvsX at the nucleation phase [80].

In a simplified kinetic model to describe the presynaptic filament assembly 
process involving UvsX, UvsY, and Gp32 on native ssDNA under no tension, there 
are two steps in the nucleation phase and two steps in the propagation phase [80] 
(Fig. 10.6). In both phases, a relatively fast and reversible binding step is followed 
by a slow and essentially irreversible isomerization step. Unlike the fast nucleation, 
the propagation of UvsX and concurrent Gp32 displacement are relatively slow. 
The forward rate constant for the isomerization step in the propagation phase, k

4
, 

is the rate-limiting factor in all tested conditions. It is likely that multiple nucleation 
events and shorter cluster growth are responsible for the assembly of presynaptic 
filaments. Consistent with the T4 model, human Rad51 assembles on dsDNA from 
many rapidly-formed nucleation sites and the cluster growth from these sites is 
limited in length [81]. The demand for many nucleation events may explain the 
observation that an apparent 1:1 stoichiometry between UvsX and UvsY has to be 
maintained for optimal recombination activity [34, 66, 75].
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10.4.3 � Dynamic Instability of Presynaptic Filaments

Dynamic instability, or vectorial growth and collapse, of presynaptic filaments has 
been postulated due to the coupling of ATP hydrolysis to ssDNA binding and to the 
cooperative nature of filament assembly [29, 38, 43, 75]. Studies with the Gp32F 
probe provide indirect evidence for dynamic instability in UvsX–ssDNA filaments 
that depends simultaneously on the UvsX ATPase cycle and on competition between 

Fig. 10.6  Kinetic model for the nucleation and propagation of UvsX filaments on Gp32-covered 
ssDNA. Based on observations of the displacement of fluorescein-labeled Gp32 (Gp32F) from 
ssDNA, UvsX filament assembly occurs in two distinct phases, nucleation and propagation. For 
both phases, the best-fit model includes a rapid equilibrium step followed by a slow isomerization 
step that is essentially irreversible under the experimental conditions. K

1
, the association constant 

for the nucleation phase, is highly sensitive to salt concentration; therefore, UvsX by itself cannot 
displace Gp32 and nucleate a filament under high-salt conditions. A model for UvsY action is that 
it increases K

1
, allowing filament nucleation and Gp32 displacement to occur under high-salt 

conditions. See text for details
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UvsX and Gp32 for binding sites on ssDNA [33] (Fig.  10.7). A presteady-state 
competition between UvsX and Gp32 for limited ssDNA binding sites reveals that 
the presynaptic filament formed in the presence of Gp32 undergoes constant 
assembly/collapse that is tightly linked to the ATP hydrolytic cycle [33]. The experi-
mental setup and solution conditions are designed to resemble in  vivo scenarios 
including physiological ionic strength and the addition of ssDNA to a preexisting 

Fig. 10.7  A model for dynamic instability in T4 presynaptic filaments. (a) Hexameric UvsY pro-
tein weakens Gp32–ssDNA interactions by binding to the complex and wrapping the ssDNA lat-
tice. (b) ATP-bound UvsX is recruited to the tripartite UvsY–Gp32–ssDNA intermediate. ATP and 
UvsY both contribute to a synergistic increase in UvsX–ssDNA binding affinity that allows the 
recombinase to locally displace Gp32 from the lattice. (c) Propagation occurs in the 5¢ → 3¢ 
direction as ATP-bound UvsX subunits slowly add to the 3¢ filament end, displacing more Gp32 
subunits in the process. (d) The first UvsX subunits to bind are the first to hydrolyze ATP, 
generating a relatively aged, ADP-capped 5¢ filament end. The ADP-bound UvsX subunits are now 
vulnerable to displacement by Gp32. Differential competitive effects between Gp32 and the ATP- vs. 
ADP-capped filament ends create dynamic instability in the complex, which could lead to filament 
treadmilling



232 J. Liu and S.W. Morrical

mixture of recombination proteins; thus, the observation is probably an accurate 
reflection of the in vivo assembly/disassembly pathway. The reaction occurs in three 
temporal phases: First, Gp32 coats all the available ssDNA (Gp32F fluorescence 
rapidly increases until saturation is achieved). Second, ATP-bound UvsX is loaded 
by UvsY and gradually displaces Gp32 (Gp32F fluorescence slowly decreases until 
all or most of it is displaced from the ssDNA). This phase absolutely requires UvsY 
and either ATP or ATPgS, and is optimal when UvsY concentration is stoichiometric 
with respect to UvsX and ssDNA binding sites. Third, as the ATP substrate is 
depleted Gp32 slowly drives UvsX off of the ssDNA (Gp32F fluorescence slowly 
increases until it re-occupies all or most of the ssDNA). This filament collapse phase 
requires rapid ATP hydrolysis by UvsX, which converts UvsX from an ATP-bound, 
high-affinity form that can drive Gp32 from the lattice into an ADP/AMP-bound 
form that can be driven from the lattice by Gp32 [33, 40]. Therefore, the third phase 
is sensitive to the nucleotide substrate/product ratio. It is not observed in the pres-
ence of ATPgS or when ATP is actively regenerated during the reaction. The addition 
of ATPgS to an ongoing reaction with ATP is sufficient to stabilize filaments and 
prevent Gp32F from re-occupying the ssDNA (unpublished results). These observa-
tions suggest a model for dynamic instability in T4 presynaptic filaments, which 
could manifest itself as a classic treadmilling reaction as shown in (Fig. 10.7), with 
net growth at an ATP-capped filament end and net contraction at an ADP/AMP 
capped filament end. The key finding is that Gp32 competition and high ATP turn-
over by UvsX act synergistically to turn the T4 presynaptic filament into a dynamic, 
metastable intermediate during recombination.

10.5 � Roles for Dynamic Filaments in DNA Recombination  
and Repair Transactions

10.5.1 � Other Factors Affecting Filament Dynamics

In addition to ATP binding and hydrolysis by UvsX, competitive effects of Gp32, 
and mediator functions of UvsY protein, two other known factors are likely to 
influence the dynamics of the T4 presynaptic filament, and to link filament dynam-
ics more broadly to T4 DNA metabolism: The first factor is the potential coupling 
of filament assembly to the nucleolytic resection of DNA double-strand breaks. The 
T4 Gp46/Gp47 complex is a putative recombination nuclease, the subunits of 
which are homologous to the eukaryotic Rad50 and Mre11 proteins [82, 83]. Both 
Gp46 and Gp47 have been shown to interact specifically with UvsY [26]. This 
observation led to the proposal that Gp46/Gp47 could recruit UvsY directly onto 
the ssDNA that is generated as the complex resects DSBs in the 5¢ to 3¢ direction. 
UvsY would then recruit UvsX, circumventing the competition with Gp32, at least 
during the filament nucleation stage [26]. This model is similar in principle to the 
resection-coupled nucleation of presynaptic filaments that is observed in the E. coli 
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recombination system, wherein RecA protein is directly recruited onto ssDNA 
generated by the RecBCD helicase/nuclease complex after chi site activation [84].

The second factor with the potential to affect filament dynamics is the DNA heli-
case and translocase enzymes, which could facilitate the turnover of recombinase 
during the postsynapsis stage. E. coli UvrD and yeast Srs2 proteins are two good 
examples of helicases functioning to remove recombinases from ssDNA and to prevent 
improper presynaptic filament formation [85–87]. In T4, no helicase has been found 
to be the functional homolog of UvrD or Srs2. However, T4 Dda protein interacts with 
and facilitates recombination functions of UvsX protein, although little is known about 
the underlying mechanism. Thus, Dda might be a candidate factor that contributes to 
UvsX turnover on the lattice. Dda is an ATP-driven DNA helicase that loads onto the 
5¢ ssDNA tail adjacent to a duplex region and unwinds the dsDNA with a 5¢ → 3¢ 
polarity [88]. It translocates on ssDNA and unwinds simple dsDNA substrates while 
acting as a monomeric helicase [89, 90]. Dda is involved in T4 DNA replication and 
is required to move the replication fork past DNA-bound proteins on the template 
in  vitro [91–93]. The DNA replication activities of Dda require protein–protein 
interactions between Dda and the C-terminal domain of Gp32 [58]. This helicase also 
physically interacts with UvsX protein and modulates its recombination activities [94, 
95]. Equally important, UvsX and Dda act synergistically in template switching to 
allow DNA lesion bypass and to rescue stalled replication forks [96]. The molecular 
mechanism by which Dda cooperates with UvsX and facilitates template switching in 
T4 remains largely unknown, but presumably it could affect presynaptic filament 
assembly and turnover through direct interactions with UvsX or Gp32 or by recognizing 
DNA structures generated during recombination.

In budding yeast, Rad54, an ATP-powered motor protein, disassembles Rad51 
from dsDNA and facilitates Rad51 turnover during the postsynapsis phase [97]. 
Recent single molecule studies of human Rad51 filament disassembly under tension 
revealed a pattern of bursts with long pauses, which justified the need for an acces-
sory protein such as Rad54 to remove the ADP-bound Rad51 from filament ends and 
to speed up the complete disassembly of filaments [98]. Thus, there is a strong 
possibility that the translocation of Dda on DNA might act similarly to guarantee the 
complete dissociation of UvsX and to provide the free template access for the 
incoming polymerase during recombination-dependent replication and DSB repair 
processes. Consistent with this hypothesis, inclusion of UvsY actually inhibits the 
two sequential template switching events [96], since UvsY greatly stabilizes 
the UvsX filament and thus decreases the dynamics of UvsX on the lattice [37].

10.5.2 � Biological Significance of Presynaptic  
Filament Dynamics

The high- and low-affinity transitions caused by ATP hydrolysis, constant competi-
tion with Gp32 for available DNA binding sites, and tentative disassembly by 
certain helicases cooperate to impose a dynamic filament and to prevent rigidity. 
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Thus, the T4 presynaptic filament is a metastable intermediate under tight surveillance. 
The significance of this biological process is illustrated by the fact that disruption 
of human presynaptic filament assembly is associated with severe cancer predispo-
sition diseases [99, 100]. The dynamic feature is critical not to interfere with the 
next enzymatic step temporally or spatially. For example, the presence of ATPgS 
endows UvsX with a transient acceleration in the initial rate of branch migration, 
as well as an initial increase in strand exchange product formation. However, the 
final yield is greatly decreased and the reaction efficiency is significantly compro-
mised, comparing ATPgS to ATP as the nucleotide cofactor [43].

The dynamic instability of the presynaptic filament also defines the key element 
of the treadmilling model, which is developed to explain unidirectional branch 
migration during initial synapsis and the subsequent bubble-migration synthesis 
stages of recombination-dependent DNA synthesis in the phage [38, 43, 101]. Two 
actions provide the driving force for UvsX treadmilling on ssDNA (Fig. 10.7): (1) 
a polar displacement of Gp32 by ATP-bound UvsX at the 3¢ growing end of the fila-
ment; (2) another concurrent polar displacement of ADP-bound UvsX by Gp32 at 
the opposite, aged 5¢ end. The molecular force originates from not only the ATP 
binding/hydrolysis cycle of UvsX but also from the constant competition between 
Gp32 and interchangeable nucleotide-bound forms of UvsX for available ssDNA 
binding sites [33]. The metastability of presynaptic filaments is a special property 
that enables reorganization of UvsX on a DNA lattice and eliminates accumulation 
of dead-end recombination intermediates. The constant assembly/collapse process 
simplifies the homology search at the initial stage and prevents UvsX from interfering 
with downstream events, guiding a timely and correct assembly of the presynaptic 
filament only when absolutely needed.
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11.1 � Introduction

DNA polymerases are highly efficient and accurate macromolecular machines. 
They are capable of replicating DNA at up to 1,000 nucleotides per second while 
making less than one error in 100,000 additions. However, DNA is constantly sub-
jected to damage from myriad sources. DNA damage disrupts normal cellular DNA 
replication by interfering with the accuracy and efficiency of replicative DNA poly-
merases. Specialized Y family DNA polymerases exist that can copy damaged 
DNA, although that ability often has a mutagenic cost. Therefore, Y family DNA 
polymerase activity is highly regulated in the cell. This chapter presents the func-
tions of both replicative and Y family DNA polymerases and the cellular mecha-
nisms of polymerase management. The focus is on Escherichia coli systems but 
also briefly discusses eukaryotic Y family polymerases. We first present DNA rep-
lication carried out by prokaryotic DNA polymerase III and describe its subunits 
and the coordination of leading and lagging strand replication. We then discuss 
DNA damage and specialized Y family DNA polymerases. Different models for the 
management of replicative and Y family DNA polymerases are presented. Finally, 
we briefly compare the eukaryotic systems with their prokaryotic counterparts.

11.2  �Escherichia coli DNA Polymerase III

DNA replication requires the coordination of many different proteins to accom-
plish the goal of simultaneous replication of the two antiparallel stands of DNA. 
This process is tightly regulated so that DNA is replicated in a timely and accurate 
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manner. Moreover, DNA replication is highly processive, which allows efficient 
replication of over three million base pairs in every E. coli cell cycle.

In E. coli, DNA polymerase III (DNA pol III) is responsible for the majority of 
DNA replication (Fig. 11.1). Each cell expresses approximately ten copies of DNA pol 
III core (see below) [1]. Along with auxiliary proteins, DNA pol III semidiscontinu-
ously replicates DNA at a speed of approximately 1 kb per second [2], making less than 
one error in approximately 105 nucleotide additions [1, 3]. In the presence of proofread-
ing and mismatch repair, the error frequency is approximately 10−10 per base pair [1, 4]. 
At each replication fork, DNA pol III acts as an asymmetric dimer [5–9]: one monomer 
acts in the continuous replication of the leading strand and another acts in the discon-
tinuous replication of the lagging strand (Fig. 11.1). Even though only two polymerases 
are needed to replicate DNA, it has been shown that the replisome may contain three 
DNA polymerases. The third polymerase may function on the lagging strand or serve 
as a spare polymerase, able to replace either polymerase when needed [10].

Escherichia coli DNA pol III consists of ten subunits [2, 6, 9, 11] that can be 
classified into three subassemblies: the core, the clamp, and the clamp loader com-
plex [9, 12] (Table 11.1). The core is composed of three subunits: a, e, and q. The 
a subunit contains the polymerase activity and is responsible for synthesizing DNA. 
The processivity of the isolated a subunit, defined as the number of nucleotides 

Fig.  11.1  DNA polymerase III holoenzyme (dimer form) at a replication fork. The two poly-
merase cores (green), which are tethered to the b clamps (light blue), contain the three subunits 
a, e, and q. The g complex (blue), assembled with two t subunits, couples the polymerization of 
both the leading strand and the lagging strand. The single-stranded lagging strand is threaded 
through DnaB helicase (orange) and is coated with SSB (gray). Also shown is the primase (light 
green) that synthesizes the RNA primers (red) on the lagging strand. The y and c subunits are not 
shown but would connect the g complex to SSB
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incorporated into the nascent DNA per association event, is low (1–10 nucleotides) 
compared with >50 kb for the holoenzyme [1, 13–17]. The e subunit is a 3¢–5¢ exo-
nuclease that is responsible for the proofreading capability of the core. In the 
absence of e, the frequency of mutations due to misincorporations during replication 
increases by approximately 40-fold [18]. When coupled, the polymerase and exonu-
clease activities of the a and e subunits increase significantly [18]. The third com-
ponent of the core, q, is not required for high processivity [19].

The b clamp, also known as the processivity clamp, is the major contributor to 
the processivity of DNA pol III [1]. The b clamp encircles DNA and tethers the a 
subunit to its DNA substrate (Fig. 11.1). The b clamp is loaded onto DNA by a 
complex known as the clamp loader, which is composed of six subunits: t, g, d, d¢, 
c, and y (Table 11.1) [20]. The t subunits coordinate replication on both strands by 
coupling the polymerase cores to the clamp loader complex [9, 21]. When t is 
coupled to the core, processivity increases approximately six-fold [1]. The g subunit 
is an ATPase. Along with d and d¢, g is responsible for loading the clamp onto DNA 
[2, 11]. The two other subunits, y and c, bind single-stranded DNA-binding protein 
(SSB) and help regulate replication on the lagging strand [22, 23]. The y subunit 
also has a role in clamp loading [24].

11.3 � The Polymerase Core

The DNA pol III core includes the polymerase and proofreading exonuclease activity 
of the replisome. Alone, the core can replicate DNA at a rate of approximately 
20 nucleotides per second (nt/s) with a processivity of 11 nucleotides, values much 
lower than the entire replisome [2, 11]. The following is an in-depth description of 
each of the subunits of the core.

Table 11.1  Components of DNA polymerase III [1, 9, 11]

Mass (kDa) Gene Function References

Polymerase core
a 130 dnaE Polymerase [25, 33, 37, 40]
e 27.5 dnaQ (mutD) 3¢-5¢ Exonuclease [18, 43, 45–48, 52, 368, 369]
q 10 holE Stabilizes the core [48, 50–53]

Clamp loader [20, 59, 80]
t 71 dnaX Coordinates  

replication
[9, 21, 34, 36, 61, 100, 106, 107, 

109–112]
g 47.5 dnaX ATPase [61, 64, 65, 77]
d 35 holA “Wrench”; opens  

clamp
[60, 64]

d¢ 33 holB Mediator between  
g and d

[64, 66]

c 15 holC Binds SSB [22, 23, 87, 88]
y 12 holD Bridges g complex 

and c
[22, 87]

Clamp
b 40.6 dnaN Clamp [11, 37, 59, 71, 89–91, 93]
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11.3.1 � The Polymerase Subunit (a)

The a subunit, encoded by the dnaE gene and a member of the polymerase C 
family, is a protein of approximately 130  kDa, containing several distinct 
domains. Although this polymerase has been studied for decades, the crystal 
structure of the a subunit of E. coli was only solved recently [25]. Like other 
polymerases, the structure resembles a right hand with three characteristic 
domains: the palm, the fingers, and the thumb domains [26–28]. The palm 
domain contains the active site of the polymerase consisting of three aspartic 
acid residues: Asp401, Asp403, and Asp555 [29]. This domain is similar to the 
palm domains of polymerases in the X family, especially to that of DNA pol b 
[25]. Modeling DNA onto the E. coli DNA pol III a structure using the human 
DNA pol b cocrystal structure with DNA [30] as the modeling template 
showed that the DNA strand collides with a short a-helix in the palm domain 
in a sterically unfavorable interaction [25]. This suggests that although DNA 
pol III and pol b have similar active sites, there may be differences in how they 
bind DNA.

The finger domain includes four subdomains: the index finger, the middle 
finger, the ring finger, and the little finger. These subdomains are responsible for 
binding the incoming nucleotide. The thumb domain guides the newly formed 
DNA duplex as it leaves the active site. The polymerase and histidinol phos-
phatase (PHP) domain is located in the “wrist” position, relative to the hand of 
the polymerase domain. The exact role of this domain is unknown but because 
of the domain’s sequence similarity to histidinol phosphatases, it was proposed 
to possess pyrophosphatase activity for the pyrophosphate produced during rep-
lication [31]. Based on the crystal structure of DNA pol III a, this domain is 
unlikely to harbor such activity [25]. However, it has been demonstrated that the 
Thermus thermophilus DNA pol III a subunit contains a Zn2+-dependent 3¢–5¢ 
exonuclease activity [32].

The C-terminal domain is not present in the crystal structure of E. coli DNA pol 
III a. This domain, which is located C-terminal to the tip of the little finger domain, 
includes an oligonucleotide/oligosaccharide binding (OB) fold [25, 33] and the 
binding sites for both the t subunit [34, 35] and the b clamp [36, 37]. The recently 
solved structure of DNA pol III a from Thermus aquaticus [33] includes this 
C-terminal domain, consisting of an ab fold. The OB fold domain consists of five 
b-strands arranged in a b barrel, similar to that of other OB folds [38]. The OB fold 
domain of a has been shown to bind single-stranded DNA (ssDNA) specifically 
[39]. Compared with other ssDNA-binding proteins, the OB fold domain of the a 
subunit is somewhat unusual in that it does not actively melt DNA, but rather binds 
to ssDNA that is preformed, in this case by force-induced melting [39]. Along with 
the rest of the polymerase, this function provides insight into the regulation of DNA 
pol III a, discussed below.

A cocrystal structure of T. aquaticus DNA pol III a bound to primer-template 
DNA and an incoming deoxynucleoside 5¢-triphosphate has been determined with a 
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resolution of 4.6 Å [40]. When compared with the structure of T. aquaticus DNA pol 
III a without DNA, it is possible to see significant movements of the thumb, finger, 
and b-binding domains. These movements position the protein on the DNA, allowing 
for the interaction with the DNA backbone at the minor groove. This structure also 
indicates that the DNA and incoming nucleotide bind in a similar fashion to that of 
DNA pol b. The C-terminal domain undergoes an approximately 30° rotation putting 
the OB fold in position to bind the single-stranded template DNA. The internal 
b-binding motif also seems to be correctly positioned in the structure with DNA in 
order to bind to the hydrophobic pocket on the b clamp [37, 40].

The structure of a ternary complex of PolC, the replicative polymerase of the 
gram-positive bacterium Geobacillus kaustophilus, with primed DNA and an 
incoming dideoxynucleoside substrate has been solved to 2.4 Å resolution [41]. 
Unlike the DNA pol III a polymerase, PolC contains an intrinsic 3¢–5¢ exonu-
clease domain as an insertion within the PHP domain. Instead of being located in 
the C-terminal domain, the OB fold of PolC is located N-terminal to the palm 
domain and is positioned so it could bind the single-stranded template strand 
approximately 15–20 nucleotides away from the polymerase active site. The 
thumb domain contains b-strands that bind DNA in the minor groove, possibly 
allowing for the detection of mismatched base pairs after incorporation [41]. 
Flexibility in the palm domain suggests a large conformational change upon DNA 
binding [41, 42].

11.3.2 � The e Subunit

The e subunit, a 27.5-kDa protein encoded by the dnaQ (also known as mutD) gene, 
is responsible for the 3¢–5¢ exonuclease activity of the polymerase core [1] and 
forms a tight complex with DNA pol III a. Whereas in E. coli, the polymerase and 
exonuclease reside on two different polypeptides, in other cases, the exonuclease 
activity and the polymerase activity are part of the same polypeptide, as in gram-
positive PolC and in DNA pol I [26, 28, 41], another eubacterial polymerase. Such 
an interaction between a and e enhances the overall activity of each protein. In fact, 
it has been shown that a has greater polymerase activity in complex with e than 
alone [18]. The exonuclease activity of the e subunit is also substantially stimulated 
within the complex [18].

Although the structure of the N-terminal domain of e has been determined by 
X-ray crystallography [43] and by nuclear magnetic resonance spectroscopy 
(NMR) [44], no structures for the full-length e subunit have been determined due 
to the difficulty in obtaining large amounts of pure protein. The structures include 
the 186 N-terminal residues of e responsible for its exonuclease activity. The 57 
residues that are not present in the structure include the C-terminal domain, 
which contains a flexible linker that has been shown to bind to the a subunit 
[45–48]. The e subunit binds a in the PHP domain located in the a N-terminal 
domain [49].
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11.3.3 � The q Subunit

The third subunit of the polymerase core is q, the 10-kDa product of the holE gene 
[1]. The q subunit binds to e close to the e active site [50, 51], although it is unlikely 
to play a direct role in exonuclease activity [52]. Extensive hydrophobic surfaces 
define the interactions between q and e [52–54]. The q subunit has not been shown 
to bind directly to a [51, 55], but it may have a stabilizing effect on the a:e com-
plex. Such a function is supported by the results of a series of yeast two-hybrid 
experiments indicating that the interaction between a and e is strengthened in the 
presence of q [56]. The q subunit also seems to enhance the exonuclease activity of 
the e subunit by stabilizing e [51, 57]. Deletion of q results in a slight increase 
in the spontaneous mutation frequency of E. coli [56]. In biochemical experiments, 
the exonuclease activity of e I170T/V215A double mutant was not substantially 
stimulated in the presence of either a or q [58]. Upon addition of both a and q, 
however, activity of the e I170T/V215A variant was stimulated [58].

11.4 � The Clamp Loader Complex and the b Clamp Subunit

The clamp loader complex consists of at least two t subunits, up to three g subunits, 
and one each of the d, d¢, c, and y subunits [2, 9, 11]. As mentioned above, DNA 
pol III can be assembled as a trimer [10]. In this case, three t subunits are present 
in the absence of g subunits. Although not required for the clamp loading process, 
the t subunits play a critical role in managing replication at the fork [9, 11]. The g 
subunits, closely related to t, bind ATP and facilitate loading the b clamp onto 
DNA [11, 59]. The d and d¢ subunits are directly involved in the loading of the 
clamp, d as the “wrench” and d¢ as the mediator between t and d [59, 60].

11.4.1 � The g Complex: d¢:g
1
:g

2
:g

3
:d; Loading the Clamp

The dnaX gene encodes both t and g. The t subunit is the full-length product of the 
gene and g is produced due to a −l frameshift, which causes a stop codon to be 
inserted prematurely, forming the shorter product, g [61–63]. This frameshift is 
caused by two factors: a heptanucleotide sequence that induces frameshifts and a 
downstream RNA stem-loop structure (Fig. 11.2a). Therefore, g consists of only the 
first three of the five t domains (Fig.  11.2b). These three domains contain the 
ATPase site and so both t and g are ATPases. In the crystal structure of the g com-
plex, containing g

3
dd¢ [64], it is possible to distinguish these domains. Domains I 

and II contain the nucleotide-binding site in which ATP binds at the interface 
between the subunits, and Domain III forms a circular collar with the other subunits 
of the g complex.
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A crystal structure of the first 243 residues of g (Domains I and II) solved with 
and without nucleotides [65] shows a conformational change upon nucleotide bind-
ing, suggesting a mechanism for binding to the clamp and ATP hydrolysis 
(Fig. 11.3). In the crystal structure of the g complex [64], the g subunits, together 
with d and d¢, are arranged in a heptameric complex resembling an opened ring in 
the order d¢:g

1
:g

2
:g

3
:d (Fig. 11.3). At each g interface, there is an ATP-binding site 

[64]. Such a configuration suggests that upon ATP binding, the g complex under-
goes a conformational change from a closed state (without ATP) to an open state 
(with ATP) [65]. The d subunit is then free to interact with the b clamp.

The d¢ subunit, the 33-kDa member of the g complex encoded by the holB gene, 
acts as a mediator between g and d [1]. Although sequence and structure alignments 
of d¢ and g suggest that these two subunits are homologous, d¢ does not have a 
functional nucleotide-binding domain, as shown in the crystal structure of the d¢ 
subunit [66]. This crystal structure shows that d¢, like g, consists of three consecu-
tive domains organized in a C-shaped architecture. The first domain consists of a b 
sheet with five parallel strands surrounded by six a-helices similar to the nucle-
otide-binding domain of RecA [66, 67]. The d¢ subunit contains a zinc-binding 
module whose function is unknown but because it is found on what resembles a 
phosphate-binding loop, it may help couple DNA binding with ATP hydrolysis by 
the clamp loader [66].

The d subunit, a 35-kDa product of the holA gene, is considered the “wrench” 
of the clamp loader complex because its binding to the b clamp causes a spring-like 
conformational change [60]. This allows the dimeric ring of the b clamp to transi-
tion from its default closed state, where both dimeric interfaces are intact, to an 

Fig. 11.2  (a) The segment of the dnaX mRNA, responsible for coding the g and t subunits. The 
two factors that cause the −1 frameshift are a heptanucleotide sequence (bold) and a downstream 
stem-loop. As a result, the g subunit consists of the first 430 residues of the dnaX gene product 
shared with the t subunit, followed by a glutamic acid residue and a stop codon. (b) A side-by-side 
comparison of the domains of the t and g subunits. The g subunit, the shorter protein, contains only 
the first three domains of the entire gene product. These domains include the ATPase active site 
and the collar domain. Domains IV and V of the t subunit contain the binding sites for both the 
pol III a subunit and DnaB
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open state, where only one dimeric interface exists (Fig. 11.3) [60, 68–70]. This 
spring-like mechanism facilitates loading of the b clamp onto the primer-template 
DNA duplex [2, 9, 11, 60]. The “wrench”-like interaction between d and the b 
clamp is shown in a crystal structure involving the N-terminal 140 residues of d and 
a variant form of the b clamp that cannot dimerize [60]. Attempts to crystallize d 
with the full-length b clamp dimer have been unsuccessful [60]. In fact, d binds to 
the monomer form approximately 50-fold more tightly than to the dimer. The bind-
ing interface between these two subunits is contained in a hydrophobic tip of d and 
a hydrophobic pocket on the surface of the b clamp that is also known for binding 
other components of the replisome [60, 71, 72] and DNA polymerases [73–76]. 
When the structure of the monomer form of the b clamp without d was compared 
to that with d, a distortion of the curvature of the b clamp that results in a ~15 Å 
opening can be seen [60]. Such an opening is enough to allow ssDNA into the 
center of the clamp [59, 60].

The crystal structures of the clamp loader subunits suggest a multistep process 
for loading the b clamp onto a primed DNA strand [9, 11, 59], powered by the 
binding of two ATP molecules [77] (Fig. 11.3). When ATP binds to the closed ring-
shaped g complex, a conformational change takes place disrupting the interaction 
between d and d¢. The d subunit is then free to bind to the hydrophobic pocket of 
the b clamp dimer. This binding event distorts the b dimer interface allowing DNA 
to enter the clamp, creating an opened ring-like structure consisting of the opened 
g complex and clamp. Site-directed mutagenesis [78], electron microscopy [79], 
and X-ray crystallography [80] experiments have shown that DNA can bind to the 
center chamber of the complex. Once ATP is hydrolyzed, the dimer interface of the 
b clamp is restored, allowing the g complex to relax back to its closed state. This 
causes the clamp loader to release its hold on the b clamp, the rate-limiting step of 

Fig. 11.3  The process of loading the b clamp onto the primer-template DNA duplex. ATP binds 
the g complex, causing a conformational change from a closed state to an open state, which allows 
the N-terminal domain of the d subunit (dark blue) to bind to the b clamp. This interaction disrupts 
the dimer interface of the b clamp, creating an opening for the primer-template DNA duplex to 
enter. The bound ATP is then hydrolyzed, causing the g complex to relax back to its closed state. 
The d subunit then releases the b clamp, re-establishing the dimer interface
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the clamp loading process [81]. The b clamp and primer-template DNA duplex are 
then competent for polymerase loading [82].

The recent crystal structure that shows the clamp loader complex coupled to 
DNA [80] supports the notched screw-cap model for clamp loading as described 
above. The structure shows that the complex forms a right-handed spiral-like struc-
ture and is loaded onto dsDNA like a cap, allowing ssDNA to exit through a slit 
formed by the complex. In this structure, the g complex does not recognize DNA 
via both strands of the primer–template complex as previously thought [79, 83]. 
Rather, recognition occurs on the phosphate backbone of the template strand alone 
and at just the 3¢ nucleotide of the primer strand [80]. This allows for both DNA 
and RNA primers to be recognized, the mechanism of which was previously 
unclear [80, 84].

11.4.2 � The c and y Subunits

The c and y subunits, products of the holC and holD genes, respectively, are sub-
units of the clamp loader complex [2, 9, 11, 85]. These two subunits function 
during replication on the lagging strand [22, 23]. Because DNA polymerases rep-
licate DNA only in the 5¢ to 3¢ direction, the lagging strand must be replicated in 
a direction opposite to the movement of the replication fork. This is accomplished 
by replicating DNA in ~1  kb fragments, called Okazaki fragments [86]. As a 
result, an abundance of ssDNA is present and coated with SSB (Fig. 11.1). The c 
and y subunits help to coordinate replication on the lagging strand [22, 23]. The 
y subunit acts as a mediator between the g complex and c by binding the collar 
domains (Domain III) of the t and g subunits [80, 87]. The c subunit binds to the 
C-terminal domain of SSB [23], thereby coupling it to the replisome and allowing 
the clamp loader complex to be in close proximity to the primer-template DNA on 
the lagging strand [88]. Together, the c and y subunits constitute a tightly held 
complex that increases the affinity of t and g for d and d¢ [87]. The y subunit also 
serves to increase affinity of the clamp loader for the b clamp in the presence of 
ATPgS [24].

11.4.3 � The b Clamp Subunit

Once it is loaded onto the primer-template DNA duplex, the b clamp (dnaN) has 
two specific roles. It tethers the polymerase to the DNA and contributes to the 
mobility of the polymerase on the DNA strand. The b clamp, a ring-shaped 
homodimer (Fig.  11.4) [89, 90], is the major contributor to processivity [1], by 
allowing the polymerase to maintain close contact with the DNA. In order to facili-
tate processive DNA synthesis, the clamp must remain bound to the DNA with or 
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without the presence of polymerase, which has been shown [91, 92]. Other studies 
show that the clamp can remain on a circular plasmid two to three times longer than 
the time it takes for cells to divide [93]. With the use of single molecule fluores-
cence spectroscopy, it was found that the diffusion constant for the b clamp is at 
least three orders of magnitude lower than for diffusion through water. The b clamp 
seems to be held at the 3¢-end of the primer in the presence of SSB [94]. The rela-
tively slow motion of the clamp may be due to the attractive interactions of posi-
tively charged residues on the inside of the clamp that come into contact with the 
negatively charged phosphate backbone of the DNA [94, 95].

Binding experiments of the clamp with DNA pol III a and other components 
suggest that the same hydrophobic region on the surface of b to which d binds is also 
responsible for binding DNA pol III a and other DNA polymerases [60, 71, 73–76, 
96–98]. It has also been suggested that the DNA pol III a C-terminus binds to the b 
clamp (see below) and binds t. These observations suggest that the polymerases, d, 
and t compete with one another for binding to the b clamp, creating a mechanism 
for polymerase loading and switching on the b clamp [36, 71, 99, 100].

An internal binding site (a residues 920–924), rather than the 20 C-terminal 
residues, was shown to be responsible for the interaction between the b clamp and 
a [37]. Replacement of all residues in this internal binding site eliminated binding 
to the b clamp, but binding between the t subunit and a was not affected. When an 
analogous set of mutations was made in the C-terminal binding site of a, the b 
clamp still showed affinity for the a subunit [37]. In fact, a participated in proces-
sive replication even when the entire C-terminal binding site was removed. The 
absence of the C-terminal peptide, however, specifically effected the interaction of 
t with a. These findings suggest that the clamp does not bind to the C-terminus of 
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Fig. 11.4  Residue substitutions in the b clamp that are implicated in interactions with UmuD 
(left), UmuD¢ (middle), and a subunit of Pol III (right) [98]. Positions in green are important to 
the interaction between the b clamp and all three proteins listed above. Positions in purple exhibit 
only a modest effect. Substitutions that result in an increase or decrease in the affinity of UmuD 
and UmuD¢ for the b clamp by formaldehyde or glutaraldehyde cross-linking are shown in red. 
Residue Lys74 shown in gray (left) cross-links to UmuD using formaldehyde. The hydrophobic 
channel is shown in brown (residues Leu177, Pro242, Val247, Val360, and Met362) [60, 103], 
while the rim interaction residue Leu98 is shown in black. Structures were generated using VMD 
[379] and coordinates for b (2POL) from the PDB [89]
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a, but instead to an internal site. This discrepancy might be due to the use of an a 
variant with a relatively large C-terminal truncation in the previous study [36, 37], 
rather than site-directed mutant variants or more modest deletions [37].

There is also evidence that two different polymerases can simultaneously bind 
to the clamp. The b subunit, a homodimer, has two hydrophobic pockets per func-
tional protein, thus allowing it to bind two DNA polymerases [11, 98, 101, 102]. 
Such a situation allows replication to alternate between the two DNA polymerases 
without the need for dissociation from the b clamp. This “tool-belt” hypothesis 
allows for high processivity, even under conditions where multiple polymerases 
are used. The ability of the clamp to bind both DNA pol III and pol IV (a Y family 
polymerase) was investigated using fluorescence resonance energy transfer 
(FRET). Proximity of the pol III a subunit and pol IV was detected in a b clamp-
dependent manner, providing experimental evidence that two different DNA poly-
merase molecules can simultaneously bind to the b clamp [102]. The crystal 
structure of b with the C-terminal little finger domain of pol IV [103] showed that 
the pol IV polymerase domain is angled off to the side providing enough room for 
another polymerase, such as DNA pol III a, to bind. Modeling the full-length 
structure of Dpo4 [104] (a pol IV homolog from Sulfolobus solfataricus), contain-
ing a primer-template duplex and incoming nucleotide, onto that of the little finger 
structure of E. coli pol IV with the b clamp, showed that when bound in this posi-
tion the polymerase likely does not have access to the DNA strand [103]. The little 
finger domain can likely undergo a conformational change [103], positioning the 
polymerase onto the DNA substrate.

Another model for polymerase switching is “dynamic processivity” [105]. This 
model involves polymerase replacement without affecting apparent overall proces-
sivity. Such a scheme was observed during bacteriophage T4 DNA replication 
[105]. The addition of a catalytically inactive variant D408N of gp43, the T4 DNA 
polymerase, to an active replication fork arrested replication while still retaining 
wild-type-like affinity for DNA and the clamp (gp45). This observation suggested 
that the active polymerase is quickly (<1  min) replaced by the inactive variant 
[105]. This dynamic processivity of polymerases implies that multiple replicative 
polymerases may be required to replicate normal, undamaged DNA.

11.4.4 � The t Subunit

Although similar to the g subunit, the role of the t subunit is distinct from the 
remainder of the g complex. As a central component of the DNA pol III repli-
some, t coordinates replication on both strands by connecting the subassemblies 
of the core and b clamp as t binds to the polymerase [106] and the helicase 
DnaB [107, 108], and is part of the clamp loader complex [87]. Numerous dis-
tinct roles have been assigned to t, as summarized in a review [9]. The roles of 
the t subunit in replication are to: (1) coordinate replication on both strands; 
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(2) bind to DnaB; (3) prevent premature removal of the b clamp; and (4) function 
in the processivity switch.

When DNA polymerase III¢ (core + t) was first isolated [21], it was observed that 
two polymerases were coupled by two t subunits, suggesting that t may be a key 
factor in coordinating replication (Fig. 11.1). This hypothesis was tested by varying 
the concentration of t [109]. At low concentrations of t, shorter DNA fragments 
were observed upon agarose gel electrophoresis analysis of replication reaction 
samples [109]. These results suggest that the two polymerase cores must be coupled 
through t in order to effectively replicate both the lagging and leading strands.

DNA pol III a binds t through the a C-terminal domain [36, 37] with an equi-
librium dissociation constant (K

d
) of 4  nM [106]. The a binding site on t was 

determined to be at the t C-terminal domain [107], which is not part of g 
(Fig. 11.2b). Along with determining the NMR solution structure for this domain 
[110], combinatorial binding studies were conducted to determine which residues 
bind to a [34]. It was concluded that the 18 C-terminal residues of t are required 
for binding to a [34].

Four different reconstituted clamp loader complexes, g
3
dd¢cy, t

1
g

2
dd¢cy, 

t
2
g

1
dd¢cy, and t

3
dd¢cy, have similar rates of loading the b clamp onto DNA [10]. 

The complex containing t
3
 may coordinate three DNA polymerases at the replica-

tion fork. A “triple-polymerase” model has been proposed in which two of the pol 
III cores function on the lagging strand to synthesize Okazaki fragments. 
Alternatively, one pol III core is utilized on the lagging strand with the third pol III 
core held “in reserve” off of the DNA [10]. The latter model suggests a possible 
switching mechanism between high- and low-fidelity DNA polymerases [10].

The affinity of the t subunit for DnaB [107] also seems to affect the rate at which 
the replication fork proceeds [8, 111]. DnaB, a hexameric helicase, unwinds DNA 
ahead of the fork while encircling only the lagging strand (Fig. 11.1) [8]. Without 
the replisome, the helicase unwinds DNA at a rate of approximately 35 nt/s, similar 
to that in the presence of the complex without t. When t is added, the rate increases 
to at least 400 nt/s, approaching that of DNA pol III [107, 111].

The t subunit may also indirectly prevent the premature removal of the b 
clamp by the g complex, thereby maintaining processivity. The length of the 
DNA produced in the absence of t is directly proportional to the concentration 
of b and inversely proportional to the concentration of the g clamp loader com-
plex [112]. This suggests that the clamp removal function is inhibited during 
normal replication in the presence of the g complex, allowing the b clamp to stay 
on the DNA.

Discontinuous replication of the lagging strand requires that DNA pol III a must 
constantly dissociate from and reassociate with different b clamps. Such a cycle is 
known as the processivity switch and is thought to involve t [100]. It has been 
shown that the polymerase core/t complex must complete the newly formed strand, 
leaving only a nick, before the switch can be activated [100]. In such a scenario, t 
loses affinity for a when primed DNA is present. Then when replication is completed, 
t gains affinity for a, releasing a from the clamp [100]. The ssDNA-binding func-
tion of a also appears to play a role in this process [99].
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11.5 � DNA Damage Disrupts DNA Replication

DNA pol III function requires finely tuned interactions of multiple proteins for effi-
cient and accurate DNA replication. When this complex encounters noncanonical 
DNA structures, including DNA damage, it is not equipped to replicate them. DNA 
damage is ubiquitous, arising from numerous exogenous and endogenous sources 
(Fig. 11.5). For example, it is estimated that 10,000 abasic sites are formed per human 
cell per day [113]. The outcome of the replisome encountering DNA damage in the 
template may depend on whether the damage is encountered during leading strand or 
lagging strand synthesis, but typically the rate of progress of replication is decreased 
[114, 115]. A lesion in the leading strand has been observed to slow progression of 
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the replication fork, but was not observed to interfere with lagging strand replication 
[116]. On the other hand, a lesion in the lagging strand does not block overall progres-
sion of the replication fork. Instead, the lagging strand DNA polymerase appears to 
reinitiate downstream of the lesion at the next Okazaki fragment, leaving a gap 
[116–119]. Indeed, it has been shown that replication can restart downstream of 
obstacles, even in the case of leading strand synthesis [120].

11.6 � Specialized DNA Polymerases Facilitate DNA  
Damage Tolerance

In E. coli and some other bacteria, DNA damage and other stresses lead to induction 
of the SOS response [113]. Stalling of DNA replication at damaged sites results in the 
accumulation of single-stranded DNA (ssDNA). RecA polymerizes on the ssDNA, 
forming a nucleoprotein filament that serves as the inducing signal for the SOS 
response. As a result, the expression of at least 57 genes is induced [121, 122]. SOS-
regulated genes code for proteins involved in the regulation of cell division, nonmuta-
genic repair of chemically modified DNA, or in damage tolerance mechanisms, 
which can be mutagenic or error prone (Fig. 11.6) [113, 121, 123, 124].

DNA Repair
Mutagenesis
Cell Division

DinB/Pol IV
UmuCUmuD2 UmuD′2

Lon and ClpXP
Proteolysis

Lon Proteolysis

UmuD′2C/Pol V Holoenzyme

Translesion Synthesis

LexA
DNA Replication Stress
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umuD umuC dinB
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Homologous Recombination

SOS Response
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Fig. 11.6  Regulation of SOS-induced genes after DNA damage. The SOS response is induced by 
the formation of a RecA nucleoprotein filament on single-stranded DNA (RecA*). This stimulates 
the autoproteolysis of the LexA repressor which leads to the induction of at least 57 genes. Among 
these genes are Y family polymerases pol IV (DinB) and pol V (UmuD¢

2
C). UmuD

2
 undergoes 

RecA* facilitated cleavage of its N-terminal 24 amino acids to yield UmuD¢
2
, the form that is 

active in translesion synthesis. Lon and ClpXP proteases play a role in regulating the levels of 
UmuD

2
, UmuD¢

2
, and UmuC in the cell. ClpXP also specifically targets UmuD¢ in UmuDD¢ het-

erodimers (not shown)
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Three of the five known E. coli DNA polymerases are under SOS inducible 
regulation [123, 125]. These SOS inducible DNA polymerases are pol II (polB), pol 
IV (dinB), and pol V (umuDC; UmuD¢

2
C). The latter two belong to the Y family of 

DNA polymerases, which are characterized by their ability to perform translesion 
synthesis (TLS) on damaged DNA templates, as well as their relatively low fidelity 
on undamaged DNA (Table 11.2) [126]. Y family DNA polymerases also lack intrin-
sic 3¢–5¢ exonucleolytic proofreading and exhibit low processivity [123, 126, 127].

Although high-resolution structures of E. coli Y family polymerases have not 
yet been experimentally determined, the structures of Y family polymerases from 
S. solfataricus and Sulfolobus acidocaldaricus homologs provide insights into 
their function [104, 128, 129]. While there is no obvious sequence homology between 
replicative and Y family DNA polymerases, the crystal structures of the latter reveal 
a similar right-hand structure of the catalytic domain consisting of thumb, palm, and 
finger domains, common to other DNA polymerases. Another domain, the little finger 
domain, is present in the Y family polymerases, providing additional DNA-binding 
contacts in the major groove [104, 126]. This domain may be responsible for both 
substrate specificity and processivity [130]. Moreover, the O helix that is responsible 
for high fidelity in the replicative polymerases [131–133] is not present in Y family 
polymerases, suggesting a structural basis for the low fidelity of Y family DNA 
polymerases while replicating undamaged DNA. The specialized ability of Y family 
polymerases to replicate damaged DNA has been attributed to their loose, flexible 
active sites that accommodate aberrant DNA structures [104, 126, 129]. In addition, 
Y family polymerases have fewer contacts with their DNA substrates than replicative 
DNA polymerases [104, 129]. Although the crystal structures show that the catalytic 
domains of Y family polymerases have similar overall folds, these polymerases exert 
different efficiencies and fidelity in bypassing various DNA lesions [126, 134].

11.6.1 � Specificity of E. coli Y Family DNA Polymerases

Escherichia coli Y family polymerases appear to possess specificity for certain 
lesions. Pol V (UmuD¢

2
C) is responsible for most of the mutagenesis induced by 

Table 11.2  Error frequencies of selected TLS polymerases [370]

Origin Polymerasea Family

Error frequency (×10−5)

ReferencesSingle base sub Single base in/del

Ec DinBa Y 5.1 21 [371]
Ec UmuD¢

2
Ca Y 21 – [372]

Sc za B 130 4.4 [314]
Sc ha Y 950 87/93 [373]
Hs ha Y 3,500 130/240 [374]
Hs ka Y 580 180 [296]
Hs ib Y 72,000 (T.dGTP) – [375]

Ec Escherichia coli, Sc Saccharomyces cerevisiae, Hs Homo sapiens
aValues are average error rates obtained using gap-filling DNA synthesis assays [370]
bDetermined using a 5-nt gap-filling assay, since pol i does not fill long gaps [370, 375]
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UV radiation [113, 123, 124, 135–139]. Pol V bypasses the major products of UV 
radiation, including replication across cis-syn thymine-thymine cyclobutane pyrim-
idine dimers (Fig. 11.5). Accuracy is achieved by incorporating two dA nucleotides 
opposite the lesion. At thymine-thymine (6-4) photoproducts, insertion of dG oppo-
site the 3¢-thymine and dA opposite the 5¢-thymine causes transition mutations 
[140]. Further, pol V can bypass abasic (AP) sites by inserting dA opposite the 
lesion and can bypass the N-2-acetylaminofluorene adduct at the C8 position of 
guanine (C8-dG-AAF) [101, 140–143]. Pol V copies N2-benzo[a]pyrene-dG adducts 
with remarkable inaccuracy by favoring dA and dT incorporation over dC, and N6-
benzo[a]pyrene-dA adducts with relative accuracy and efficiency [144–146]. Pol V 
also copies a number of different mutagenic guanine oxidation products [147]. The 
biochemical requirements for pol V activity are still a matter of some debate. 
However, it is clear that RecA is required for activity and it seems that the b clamp 
and SSB stimulate pol V activity [148–156].

Pol IV (DinB) copies DNA containing bulky N2-dG adducts, including N2-
furfuryl-dG and N2-benzo[a]pyrene-dG [157, 158]. In fact, pol IV is approximately 
15-fold more active in incorporation of dC opposite N2-furfuryl-dG than incorpora-
tion of dC opposite unmodified dG [158]. Other N2-dG adducts are substrates for 
pol IV, including those formed from methylglyoxal as well as DNA–DNA and 
DNA–peptide cross-links involving the N2 position of dG [159–161]. C8-dG-AAF 
is weakly bypassed by pol IV [162]. Pol IV can also bypass abasic sites in vitro 
[163]. Thus, while there is some overlap in the lesions that can be bypassed by the 
two E. coli Y family DNA polymerases, in general, their repertoires are distinct.

11.6.2 � Regulation of Y Family DNA Polymerases

Expression of the umuDC and dinB gene products is negatively regulated by the 
LexA repressor as part of the SOS transcriptional response. LexA binds to a 
sequence in the operator region of the genes [113, 164, 165]. Derepression of the 
umuDC and dinB operons occurs when the RecA protein binds to single-stranded 
regions of DNA that develop at replication forks that are stalled by DNA damage 
[166]. The RecA/ssDNA nucleoprotein filament serves as a coprotease to facilitate 
cleavage of the LexA repressor (Fig. 11.6). As the cellular concentration of LexA 
diminishes, the genes whose expression is normally repressed by LexA are tran-
scribed [113].

The umuDC genes are among the most tightly regulated SOS genes; the equilib-
rium dissociation constant (K

d
) is 0.2 nM for LexA binding to the “SOS-box” in the 

promoter region [164]. In comparison, the K
d
 values for LexA binding to the “SOS-

boxes” of the recA and lexA genes are estimated to be 2 nM and 20 nM, respectively 
[167]. Immunoblotting assays have shown the cellular steady-state levels of UmuD 
to be ~180 copies per uninduced cell and ~2,400 copies per cell under SOS induc-
tion [168]. A single protein in a compartment with the volume of a typical E. coli 
cell is present at a concentration of ~1 nM. The level of UmuC is approximately 
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12-fold lower than UmuD with about 15 molecules per cell in the absence of induc-
tion and ~200 molecules of UmuC per cell under SOS-induced conditions [168]. 
There are ~250 molecules of DinB per cell in the absence of induction and ~2,500 
molecules of DinB per cell after treatment with the DNA damaging agent mitomy-
cin C [169]. It should be noted that the dinB gene is also present on the E. coli F¢ 
episome, and expression levels of DinB from the episome under uninduced and 
induced conditions are approximately threefold higher than from the chromosome 
[169]. Expression of the umuDC genes initially produces UmuD (139 amino acids) 
which undergoes a RecA/ssDNA-stimulated autodigestion reaction after induction 
resulting in UmuD¢ (115 amino acids) (Figs. 11.6 and 11.7) [143, 170]. UmuD is 
the predominant species for the first approximately 20–40 min after SOS induction, 
after which UmuD¢ is the predominant species [171]. UmuD proteins exist in solu-
tion as UmuD

2
 and UmuD¢

2
 homodimers as well as the UmuD–UmuD¢ heterodi-

mer, which is more stable than either of the homodimers [172–175]. The K
d
 for 

UmuD
2
 dimerization is estimated to be in the low-pM range, so UmuD is likely to 

be present in the cell as a dimer under most conditions [176].
SOS-induced mutagenesis is also regulated at the posttranslational level. UmuD 

is functionally inactive for facilitating TLS until it undergoes RecA/ssDNA-medi-
ated cleavage to generate UmuD¢ [170, 177, 178]. Full-length UmuD also inhibits 
−1 frameshift mutagenesis by DinB [179]. Efficient cleavage of UmuD in vitro and 
in vivo was observed at elevated levels of activated RecA, suggesting that TLS likely 
occurs when cells are under more severe environmental stress [168, 177]. The 
removal of the UmuD N-terminal 24 amino acids through the cleavage of the Cys24-
Gly25 bond occurs via an intermolecular pathway, that is, one protomer of the dimer 
acts as an enzyme while the other is the substrate [180]. The crystal structure of 
UmuD¢

2
 revealed that the active site, consisting of conserved serine (Ser60) and 

lysine (Lys97) residues, is found at the end of a cleft within the C-terminal globular 
domain of the protein, and these residues are poised for cleavage (Fig. 11.7) [175]. 
In the NMR structure of UmuD¢

2
, Ser60 and Lys97 are further apart and not cor-

rectly oriented for catalysis. It has been suggested that the crystal structure of 
UmuD

2
 mimics the effect of the RecA/ssDNA nucleoprotein filament as it serves to 

realign these residues, thereby activating UmuD
2
 for self-cleavage [174, 181].

Fig. 11.7  Model of full-length UmuD [195], crystal [175], and NMR [174] structures of UmuD¢. 
UmuD model shown in the trans, elbows down conformation (left). Crystal structure (middle) and 
NMR structure (right) of UmuD¢ in trans conformation. The N-terminal arms of UmuD¢ are 
cleaved between Cys24 and Gly25. Residues 1–24 are shown in magenta; residues 25–40 are 
shown in blue. Active site Ser60 and Lys97 are highlighted in red and green, respectively
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The two different forms of UmuD provide a temporal switch between accurate 
and mutagenic phases of the cellular response to DNA damage [171, 182, 183]. The 
combination of uncleaved UmuD and UmuC specifically decreases the rate of DNA 
replication and increases the resistance of cells to killing by UV radiation [171, 
184]. Uncleaved UmuD

2
C improves DNA damage survival by allowing time for 

error-free repair mechanisms to act before the combination of cleaved UmuD¢
2
, and 

UmuC (UmuD¢
2
C, pol V) initiates potentially error-prone TLS [171]. The combina-

tion of UmuC and noncleavable UmuD(S60A) significantly delayed the recovery 
of cell growth after UV radiation [171, 183]. Therefore, a model for a umuDC-
dependent DNA damage checkpoint in E. coli was proposed wherein a delay in 
DNA synthesis provides time for error-free nucleotide excision repair to remove 
DNA lesions. TLS is then enabled by the presence of UmuD¢ [141, 150, 185]. This 
model suggests that the different umuD gene products, in combination with UmuC, 
are involved in distinct survival pathways after UV damage.

Increasing UmuD¢
2
C protein complex concentration was found to antagonize 

RecA-mediated recombination of a UV-damaged gene [186]; this effect was also 
observed in vitro [187]. In the proposed model, high concentrations of the UmuD¢

2
C 

proteins induce replisome switching from recombination to SOS mutagenesis. 
Indeed, the UmuD¢

2
C complex has been shown to bind directly to the RecA/ssDNA 

filament and could disrupt the DNA pairing activity of RecA [188, 189]. Notably, 
in the presence of homologous DNA sequences, homologous recombination repair 
is more prevalent than TLS in responding to DNA damage [190].

The mutagenic potential of Y family polymerases may be further regulated by 
preferential formation of heterodimers between UmuD and UmuD¢, thereby deplet-
ing the cell of mutagenically active UmuD¢ homodimers [172]. UmuD¢ is degraded 
by the ATP-dependent protease ClpXP while in a heterodimeric complex with 
UmuD [191, 192]. Formation of UmuDD¢ heterodimers in preference to mutageni-
cally active UmuD¢ homodimers therefore specifically targets UmuD¢ for proteoly-
sis. UmuD also targets its UmuD homodimer partner for proteolytic degradation by 
ClpXP [193]. The ATP-dependent serine protease Lon is responsible for the degra-
dation of both UmuD and UmuC proteins in vivo [194]. Targeted proteolysis of the 
umuD and umuC gene products is one mechanism for returning protein levels to 
their uninduced state.

11.6.3 � Structural Dynamics of UmuD and UmuD¢

The umuD gene products interact with multiple replication factors such as poly-
merases UmuC (as UmuD¢

2
C, pol V), DinB (pol IV), and components of the pol III 

holoenzyme. The latter include the polymerase subunit a, proofreading subunit e, 
and the processivity clamp b [168, 176, 179, 195–197]. These interactions are due 
in part to the relative flexibility of full-length UmuD and its UmuD¢ cleavage prod-
uct as shown biochemically and by X-ray crystallography, NMR spectroscopy, and 
circular dichroism (CD) [174–176]. The cleaved form UmuD¢ contains disordered 



25911  Polymerase Switching in Response to DNA Damage

N-terminal arms that expose the C-terminal globular domain to solvent upon 
cleavage, while in full-length UmuD, the arms are more stably bound to the globu-
lar domain [174, 175]. Therefore, UmuD and UmuD¢ make specific contacts that 
facilitate a variety of protein–protein interactions [174, 176, 196, 198].

The crystal structure of UmuD¢ reveals extended N-terminal arms (residues 
25–39) and a globular C-terminal body (residues 40–139) that contains the catalytic 
dyad Ser60 and Lys97 [175]. Although two dimer interfaces (designated as molecu-
lar and filament) were observed in the crystal structure, NMR and cross-linking 
experiments support the conclusion that the so-called filament dimer interface is the 
form present in solution (Fig. 11.7) [174, 175, 198–203]. However, there is evi-
dence that the filament structure may be biologically relevant [199]. To date, there 
is no high-resolution structure of the UmuD

2
 homodimer. Cross-linking studies of 

a series of single-cysteine derivatives of UmuD are consistent with the UmuD
2
 

homodimer interface resembling the interface of the UmuD¢
2
 homodimer, involving 

contacts between the C-termini of the monomers and intermolecular interactions 
between Asn41 and Leu44 of a-helix 1 [174, 203]. NMR experiments also suggest 
that the UmuDD¢ heterodimer most closely resembles the UmuD

2
 homodimer 

[174]. Dimerization appears to be important for biological activity, as UmuD¢ vari-
ants that resulted in decreased UV-induced mutagenesis also have severe deficien-
cies in their abilities to form homodimers in vivo [200, 204, 205].

Four models of the UmuD homodimer have been generated from NMR, electron 
paramagnetic resonance (EPR), and cross-linking studies, and by homology to 
LexA [174, 195, 206, 207]. One model shows UmuD with the N-terminal arms in 
trans with the elbows down, where the N-terminal arm of one monomer folds down 
across the C-terminal body of the adjacent monomer and crosses the catalytic site 
(Fig.  11.7). Each UmuD monomer cleaves the N-terminal arm of its partner at 
Cys24-Gly25 [195]. A trans, elbows up model positions the arms along the outer 
edge of the globular domains. Two cis versions with elbows up and elbows down 
suggest that each N-terminal arm could bind over its own globular domain [195]. 
The N-terminal region (residues 1–14) is likely to be in a random extended confor-
mation. Cross-linking and chemical modification experiments suggest that the 
trans, elbows down conformation of the N-terminal domain is the most prevalent 
in solution [195, 206]. However, given the dynamic nature of UmuD, all four con-
formations may be physiologically relevant [176, 195].

Circular dichroism (CD) spectroscopy simulating physiological conditions 
detected random coil conformations for both UmuD dimers [176], rather than the 
b-sheet-rich structure determined by X-ray crystallography and NMR spectroscopy 
[174, 175, 198]. At higher salt concentration both UmuD and UmuD¢ dimers have 
more typical b-sheet appearance. Thus, the umuD gene products belong to the 
group of intrinsically disordered proteins (IDPs) [208]. Like their IDP counterparts, 
UmuD dimers are capable of making a remarkable number of specific protein–
protein contacts.

It has been shown that UmuD and UmuD¢ interact with the a, b, and e subunits of 
DNA polymerase III [196]. UmuD interacts less strongly with the a subunit in vitro 
than cleaved UmuD¢ [196]. Moreover, uncleaved UmuD interacts more strongly with 
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the b clamp than cleaved UmuD¢ as observed by affinity chromatography [196]. 
Different interactions of UmuD and UmuD¢ with the b clamp suggest that these inter-
actions regulate how the umuD gene products access the replication fork. 
Overexpression of the a subunit or the b clamp inhibits cleavage of UmuD to UmuD¢ 
in  vivo, further supporting the specific interactions between the pairs of proteins 
[196]. It has also been found that overexpression of the b clamp reduces UV-induced 
mutagenesis [209].

11.6.4 � UmuD–b Clamp Interactions

To date, interactions between the umuD gene products and the b clamp have been 
studied in much more detail than other interactions involving the umuD gene prod-
ucts. Proteins that interact with the b clamp, with the exception of UmuD and 
UmuD¢, contain the eubacterial clamp-binding motif (QL[S/D]LF) [210]. UmuD 
contains a 14TFPLF18 sequence within its N-terminal arm [210]. Although the motif 
lies in a region of UmuD that is important for its interaction with the b clamp [197], 
the interaction does not depend on the sequence identity of the motif [195]. That is, 
a UmuD variant containing mutations in this motif binds to the b clamp with simi-
lar affinity as that of wild-type UmuD (see below) [195].

UmuD and UmuD¢ affinity chromatography and in  vitro cross-linking studies 
confirm that the b clamp has a higher affinity for UmuD than UmuD¢ [197]. 
However, it has been shown that both the N-terminal arms and C-terminal globular 
domains of UmuD are important for interaction with the b clamp [197]. UmuD 
lacking its N-terminal nine residues is proficient for interactions with the b clamp, 
while UmuD lacking the N-terminal 19 residues results in reduced formaldehyde 
cross-linking to b [197]. The UmuD variant UmuD-3A (T14A L17A F18A), a 
noncleavable variant with mutations of the most conserved residues of the TFPLF 
motif, possesses some of the biological functions of the cleaved form UmuD¢. 
Although the K

d
 values for interaction of the b clamp with UmuD (5.5 ± 0.8 mM) 

and UmuD-3A (6.1 ± 0.5 mM) are similar, their interactions with the b clamp may 
be different, as observed by intrinsic tryptophan fluorescence of the b clamp [195]. 
Tryptophan fluorescence is a relatively sensitive probe of the microenvironment. 
The single tryptophan of the b clamp is located on a flexible loop between Domains 
I and II of b, and thus is a sensitive reporter of conformational changes [89, 195]. 
The b clamp tryptophan fluorescence differed dramatically upon UmuD vs. 
UmuD-3A binding, suggesting they have different binding modes [195].

UmuD, UmuD¢, the a catalytic subunit, UmuC, DinB, and clamp loader all 
interact with the b clamp around the b clamp hydrophobic pocket, approximately 
defined by residues Leu177, Pro242, Val247, Val360, and Met362 (Fig. 11.4) [64, 
73, 76, 98, 103]. UmuD, UmuD¢, and the a subunit interact with overlapping 
regions of b, suggesting that there may be competition for binding (Fig.  11.4) 
[196]. This implies that UmuD plays a regulatory role following the SOS response, 
interacting with the components of pol III, interfering with a binding to b, slowing 



26111  Polymerase Switching in Response to DNA Damage

replication, and allowing time for error-free repair mechanisms to act [171, 196]. It 
is also possible that a and UmuD or UmuD¢ bind the homodimeric b clamp simul-
taneously. A model has been proposed in which the cleavage of UmuD to form 
UmuD¢ reduces binding to the b clamp, thereby releasing the DNA damage check-
point and enabling TLS [211].

11.7 � DNA Polymerase Switching

Replicative DNA polymerases are unable to copy damaged DNA under most cir-
cumstances [212, 213]. In the polymerase-switching model [101, 102, 214, 215], a 
lesion blocks the progress of the replicative DNA polymerase at the replication 
fork, and translesion polymerases act to allow replication to proceed (Fig. 11.8). 
Since the SOS-inducible polymerases are characterized by low processivity and 
low-fidelity replication, specialized polymerases must subsequently be replaced by 
replicative polymerases to restore efficient and accurate DNA replication.

11.7.1 � Replisome Dynamics

Elevated levels of UmuD and UmuC inhibit DNA replication, a phenomenon sug-
gested to represent a primitive DNA damage checkpoint [171, 184]. DinB (pol IV) 
also interferes with replication fork progression both in  vitro and in  vivo, and its 
overexpression inhibits cell growth [215, 216]. Neither DinB catalytic activity nor 
its canonical b clamp-binding motif is required for the inhibition of replication 
[216]. Both pol II and DinB inhibit replication fork progression by altering the speed 
of the DnaB helicase [217]. In this case, the b clamp-binding motif is required for 
DinB to occupy the replisome and slow the helicase [217]. This decrease in helicase 
velocity allows time for accurate DNA repair processes to take place while maintain-
ing the overall structure of the replication fork [217]. Taken together, these observa-
tions suggest a high degree of plasticity in the replisome as well as parallels between 
the physiological effects of pol IV and pol V on the replication fork.

The b clamp binds to, and increases the processivity of, all five known E. coli DNA 
polymerases [1, 96, 218] and is important for the lesion-bypass activity of UmuD¢

2
C 

[73, 74, 76]. Both UmuD and UmuD¢ interact with the b clamp and the a and e sub-
units of pol III [196]. In general, the b clamp-binding proteins possess a canonical 
peptide motif that binds to the hydrophobic channel on the b clamp [97, 210], suggesting 
that they compete for the same binding site. Extensive analysis of DNA polymerase 
binding to site-directed mutants of the b clamp shows that the different polymerases 
have partly, but not completely, overlapping sites of interaction on the b clamp [219–221]. 
Based on the co-crystal structure of the little finger domain of DinB with the b clamp, 
a physical basis for recruitment of Y family polymerases to the replisome was pro-
posed [103]. Two interfaces between the DinB little finger domain and the b clamp 
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were identified. One is a peptide–protein interaction involving the extended C-terminal 
tail of the DinB little finger domain and hydrophobic channel, or “cleft,” on the surface 
of the b clamp [103]. A second interaction was observed between surface loops of the 
DinB little finger (residues 303–305) and the outer rim of the b clamp at the dimer 
interface (residue 98) [103]. Modeling of the entire S. solfataricus DinB-ortholog 
Dpo4 protein onto the structure of the DinB little finger domain showed that, when 
bound in this position, DinB would likely not have access to a linear DNA duplex 
[103]. Therefore, DinB could have two modes of binding to the b clamp: a “locked-
down” conformation with no access to DNA, and a “tethered” complex attached to the 

Lesion

Lesion

Lesion

β

β

β

Lesion

β

Fig.  11.8  Polymerase switching in response to DNA damage. Replicative DNA polymerases 
(green) are generally unable to copy damaged DNA. A polymerase switch occurs allowing a TLS 
polymerase (orange) access to DNA. The TLS polymerase synthesizes DNA opposite the lesion 
and far enough beyond it that the replicative polymerase can resume synthesis without disruption 
due to the lesion. In eukaryotes, there is evidence that two different TLS polymerases act in a 
stepwise fashion to insert nucleotides opposite the lesion and then extend the primer beyond the 
lesion [345]
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b clamp via the C-terminal canonical b clamp-binding motif, which would allow 
interactions with DNA [103]. By analogy, mutations that disrupt the proposed b clamp 
outer rim interaction of UmuC result in increased UV-induced mutagenesis, presum-
ably because the “lock” is released, giving UmuC more access to DNA [73]. Recent 
crystal structures of Dpo4 show that it also adopts multiple conformations whether in 
the apo form, bound to DNA or bound to the sliding clamp [222]. Specifically, the little 
finger rotates around the linker region and adopts different conformations depending 
on the presence of different binding partners of Dpo4. While the Dpo4 little finger 
domain makes additional contacts with the clamp beyond the canonical interaction 
motif (PIP-box), unlike DinB the Dpo4 little finger domain lacks interactions with the 
outer rim of the clamp.

11.7.2 � Polymerase Switching: Tool-Belt and Active  
Exchange Models

The multiple conformations and flexibility of polymerase binding to the b clamp 
support the “tool-belt” model of polymerase switching [73, 76, 102, 103, 214], in 
which several polymerases simultaneously attach to the clamp. Depending on the 
DNA substrate, either a replicative or a translesion polymerase is given access to 
the DNA. The proposed triple-polymerase replisome provides another possible 
mechanism for efficient switching between high- and low-fidelity polymerases 
[10]. The observed tilt angle of the b clamp on DNA may also facilitate polymerase 
switching [95]. It was recently reported that only one of the two possible hydropho-
bic channels that are sites of polymerase interaction on the b clamp is required for 
switching between pol III and DinB [223]. This result challenges the “tool-belt” 
model [223]. Other studies suggest an active exchange model in which one poly-
merase readily displaces another at the replication fork [105].

DNA replication assays reveal the exchange of the replicative pol III and TLS 
pol V on DNA in the presence of DNA damage [101, 224]. The pol III holoenzyme 
replicates up to the nucleotide position preceding the damaged base, but not beyond 
it. Through contacts between their minor groove recognition domain and the DNA, 
replicative DNA polymerases sense distortions in the DNA within the last four to 
five nucleotides replicated [225–227]. In agreement with these structural studies of 
other replicative polymerases, it has been experimentally shown that pol III requires 
the primer to be four to five nucleotides beyond the lesion for resumption of effi-
cient replication [101]. If the primer is not extended sufficiently beyond the lesion 
and pol III has access to the DNA, the proofreading subunit e will degrade the 
primer [101]. In the presence of DNA damage, the SOS response is induced and 
RecA coats ssDNA. Pol V binds to RecA and the b clamp, and inserts nucleotides 
opposite the lesion. The less-constrained active site of pol V permits insertion and 
extension of the 3¢ terminus of the primer beyond the lesion. Pol V synthesizes a 
“TLS patch” ranging from 1 to 60 nucleotides, averaging 20 nucleotides in a single 
binding event [101, 224]. Once pol V synthesizes a TLS patch of at least four 
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nucleotides, the pol III holoenzyme is able to efficiently resume DNA replication 
even in the presence of a RecA/ssDNA nucleoprotein filament [101].

There is growing genetic evidence that multiple polymerases act during replica-
tion and in lesion bypass [142, 228–231]. It was hypothesized that SOS-inducible 
polymerases II, IV, and V alter the fidelity of DNA replication by interfering with 
the cellular functions of pol I and III. This was tested by exploiting the observation 
that each polymerase leaves a unique mutagenic “fingerprint” when copying DNA 
[228]. The spectrum of mutations in the rpoB gene arising in various DmutL strains 
was measured [228]. Deletion of mutL provides a genetic background deficient in 
postreplicative mismatch repair to allow determination of actual polymerase-spe-
cific misincorporation events, rather than simply assaying mutations that escape 
repair. Furthermore, polymerase expression levels were modulated using strains 
with mutations in recA and lexA [228]. Analysis of the rpoB genes in strains with 
deletions of different combinations of polymerases revealed changes in the spec-
trum of mutations. This result was interpreted as evidence that E. coli DNA poly-
merases compete for access to genomic DNA, thereby promoting or suppressing 
mutagenesis [228]. Specifically, multiple spontaneous transversion mutations are 
due to pol V or to the combined action of pol IV and pol V [228]. Moreover, the 
chromosomally encoded levels of pol V are the limiting factor for the production 
of the mutations, and even modest low-level expression causes an increase in trans-
version at specific hot spots. Facile switching between the five DNA polymerases 
of E. coli during genome replication suggests that spontaneous mutations arise due 
to the interactions of multiple polymerases [228].

Additional evidence for switching between pol III and pol V on UV-damaged 
DNA came from a study revealing that strains harboring variants of E. coli pol V 
with mutations of F10 or Y11 (the steric gate residue) display hypersensitivity to 
UV light and dominant negative genetics [231]. The steric gate residue has been 
shown to prevent incorporation of ribonucleotides by sterically occluding the 2¢-
OH moiety in the Y family polymerases [232, 233]. The dominant negative char-
acter of umuDC Y11A is suppressed by disruption of dnaQ, the gene encoding the 
e proofreading subunit (Table 11.1). It seems likely that pol V Y11A is recruited to 
damaged DNA and prevents other DNA polymerases from accessing the replication 
fork. The steric gate variants of pol V (Y11A) and pol IV (F13V) conferred on a 
wild-type E. coli strain extreme sensitivity to both nitrofurazone and UV radiation 
[158, 231]. Considering that pol IV copies N2-furfuryl-dG lesions efficiently and 
accurately [158], this finding suggest that the pol V steric gate variant prevents 
another Y family polymerase from accessing damaged DNA.

11.7.3 � Gap-Filling Model

Several studies have suggested that lesion bypass does not occur at the replication 
fork, but at gaps that are left by the replication machinery [119]. This model is sup-
ported by the observation that the rate of replication recovery after DNA damage is 



26511  Polymerase Switching in Response to DNA Damage

independent of the presence of pol IV or pol V [234, 235]. Moreover, as discussed 
above, lesions in the lagging strand do not slow the overall rate of replication, but lead 
to re-initiation downstream of the lesion, leaving a gap [116–118]. Finally, it has been 
observed that b clamps can be left behind when the polymerase dissociates from 
DNA [92], possibly as an aid to recruitment of other replication factors, including Y 
family polymerases. The observation that Rev1, a Y family polymerase in yeast, is 
upregulated in the G

2
-M transition of the cell cycle, rather than in S phase when most 

DNA replication occurs, is also consistent with this model [236]. Ultimately, the two 
models of coordinated polymerase switching and gap filling are not mutually exclu-
sive. The specific mechanism a particular cell utilizes likely depends on the type of 
lesion encountered and the conditions in the cell at that time.

11.8 � Eukaryotic DNA Polymerases at the Replication Fork

DNA replication in eukaryotes is substantially more complicated than prokaryotic 
replication. This may be related to DNA packaging into chromatin, the larger size 
of eukaryotic genomes, the requirement for numerous origins of replication, and the 
need to coordinate replication with the cell cycle. It is estimated that there are up to 
100 proteins present at a single replication fork in eukaryotic cells [237]. However, 
many of the basic mechanisms and processes of replication, and even the overall 
structures of some of the proteins involved, are widely conserved. For example, 
processivity clamps from throughout evolution adopt similar structures, and 
prokaryotic and eukaryotic clamp loading share similarities. One of the most strik-
ing and fundamental differences in replication between prokaryotes and eukaryotes 
is the presence in eukaryotes of two different replicative DNA polymerases and a 
primase-polymerase that synthesizes both DNA and RNA at the replication fork. 
Moreover, each of these DNA polymerases is a multisubunit complex (Table 11.3) 
[238–240]. Eukaryotic chromosomal DNA replication requires the coordinated 
efforts of three B family DNA polymerases: pol a, pol d, and pol e (Fig. 11.9) [240, 
241]. The proposed model of the replication fork assigns the synthesis of the lead-
ing strand to the highly processive pol e [238, 239]. Pol a, the only polymerase with 
primase activity, initiates DNA synthesis at the origin of replication and synthesizes 
short RNA–DNA fragments later extended by pol d on the lagging strand [238, 
239]. Pol d also completes lagging strand synthesis after the removal of RNA prim-
ers [238, 242, 243].

In budding yeast, DNA pol a, e, and d contain catalytic subunits denoted Pol 1, 
Pol 2, and Pol 3, respectively (Table 11.3) [240]. The size of the catalytic subunit 
varies because of additional N-terminal or C-terminal extensions whose structure 
and function remain largely unknown [244]. Polymerases e and d possess the con-
served 3¢–5¢ exonuclease domains, while pol a lacks exonuclease activity [238, 
240, 244]. B family polymerases contain nonfunctional uracil-recognition domains 
as well as two Zn-finger domains located at the C-terminal ends of the polymerases 
that are essential for the assembly of the holoenzyme [245–248].
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Pol a is a four subunit complex, the largest being the catalytic subunit that displays 
low processivity and lower fidelity in comparison to pol e and pol d (Table 11.3) 
[249–251]. The crystal structure of yeast pol a fragments along with electron 
microscopy images suggest that the catalytic subunit is connected to the C-terminal 
Zn-finger domains by a flexible linker [247]. The smallest of the four subunits is 
the catalytic primase subunit. This catalytic primase subunit is tightly associated 

Table 11.3  DNA polymerases at the S. cerevisiae replication fork

DNA  
polymerase

Genes and 
subunit sizes Activity Fidelity Function References

Pol  
a-primase

Pol1-p167 Polymerase 10−4 to 
10−5

Replication 
initiation

[376]
Pol12-p79  
Pri1-p48 Primase Okazaki fragment 

initiationPri2-p62  
Pol d Pol3-p125 Polymerase 

3¢-exonuclease
10−6 to  

10−7

Elongation and 
maturation 
of Okazaki 
fragment

[377]

Pol31-p55
Pol32 p40

Pol e Pol2-p256 Polymerase 
3¢-exonuclease

10−6 to  
10−7

Leading strand 
synthesis and 
replisome 
assembly

[378]

Dpb2-p78
Dpb3-p23 DNA binding
Dpb4-p22  

The large subunits contain polymerase and 3¢-exonuclease activity with the exception of Pol a. 
For details, see [251]

Helicase

5¢
3¢

Pol a - primase

Pol e

PCNA

RPA

Pol d

Fen1

DNA ligase

Leading Strand

Lagging Strand

3¢

5¢

5¢ 

3¢

Fig. 11.9  Simplified model of the eukaryotic replication fork. In this three-polymerase model, 
Pol a-primase (red) synthesizes RNA–DNA fragments (dots) on the lagging strand. Pol e (green) 
synthesizes DNA on the leading stand and Pol d (yellow) extends the DNA–RNA fragments on 
the lagging strand. Also shown is the helicase (orange), replication protein A (RPA; gray), PCNA 
(light blue), Fen1 (teal), and DNA ligase (pink). Fen1 and DNA ligase are involved in maturation 
of Okazaki fragments
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with an accessory primase subunit. The second largest subunit has an iron-sulfur 
domain that is also essential for the priming reaction and for association with the 
origin recognition complex [252, 253]. Because pol a lacks exonucleolytic proof-
reading activity, the short DNA fragments that are synthesized by this polymerase 
are mutational hotspots if the errors are not corrected. Genetic studies suggest that 
pol d can proofread and correct errors made by pol a [238, 254]. This evidence also 
supports the three-polymerase model of the replication fork that assigns pol d to the 
lagging strand and pol e to the leading strand [238].

Human and Schizosaccharomyces pombe pol d are composed of four subunits, 
whereas Saccharomyces cerevisiae pol d has three subunits [240]. The catalytic 
subunit is the largest and contains 3¢–5¢ exonuclease activity, a PCNA-binding 
motif and other protein–protein interaction sites [248, 251, 255]. The catalytic sub-
unit is stabilized by the second largest subunit [255]. The third largest subunit 
encoded by Pol32 contains a conserved PCNA-binding motif and a motif that inter-
acts with pol a [256–258]. Pol32 is essential for UV-induced mutagenesis in yeast, 
which is also the case for the TLS polymerases encoded by the Rev1 and Rev3 
genes [259–261]. Pol 32 interacts with Rev1 and subsequently recruits pol z to 
DNA damage by means of this interaction [261]. This evidence suggests that Pol 
32 may play a role in regulating TLS [240, 260, 262]. Although pol d is primarily 
responsible for lagging strand synthesis, there is evidence that it can replicate the 
leading strand in the absence of pol e. The N-terminal region of the Pol 2 subunit 
of pol e, containing its polymerase and exonuclease functions, is nonessential for 
DNA replication, repair, and cell viability [263].

The catalytic subunit is the largest of the four subunits that comprise the pol e 
complex [238, 240]. This subunit displays high accuracy because it also contains 
proofreading exonuclease activity [240]. Leading strand synthesis requires that the 
polymerase be highly processive, although processivity of pol e is similar to that of 
pol d [243]. The PCNA-binding site, which is dispensable for replication but con-
tributes to DNA damage tolerance, is located in the large catalytic subunit [264]. 
The second largest subunit is essential and mediates interactions within the holoen-
zyme [265]. Mutations in the Dpb2 subunit weaken the affinity of Dpb2 for the 
Pol2 subunit resulting in a reduction of high-fidelity synthesis in yeast [266]. The 
third and fourth subunits are nonessential for growth in yeast and have been shown 
to bind double-stranded DNA [240]. The fourth subunit has also been implicated in 
chromatin remodeling [267]. Overall, genetic and biochemical analysis places pol 
e at origins of replication where it is additionally regulated by a host of accessory 
factors [265, 268–270].

11.8.1 � Damage Bypass by TLS Polymerases

Five TLS polymerases have been identified in eukaryotes including pol h, pol i, pol 
k, and Rev1 (Y family) and Pol z (B family) [262, 271, 272]. As in the cases of their 
bacterial counterparts, these enzymes lack intrinsic 3¢–5¢ proofreading exonuclease 
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activity and contain relatively nonrestrictive active sites that contribute to their lesion 
bypass ability and low fidelity (Table 11.2). The Y family polymerases also possess 
low processivity [273].

Mutations in the human RAD30A/POLH gene, which encodes pol h, cause a variant 
form of Xeroderma pigmentosum (XP-V) that leads to increased susceptibility to 
UV-induced DNA damage and consequently skin cancer [274, 275]. Pol h was the 
first DNA polymerase shown to act as a tumor suppressor in humans [276]. Human 
pol h has low processivity on undamaged DNA, but primer extension assays indicate 
that it displays higher processivity in replicating across cis-syn thymine-thymine 
(T-T) dimers (Fig. 11.5) than undamaged DNA [277]. Pol h then switches to less 
processive synthesis 1–2 nucleotides after damage bypass, perhaps facilitating the 
transition to pol d or another polymerase [277]. In spite of the distortions caused by 
the cyclobutane ring, Pol h incorporates nucleotides in an error-free manner opposite 
cis-syn T-T dimers, but it misincorporates nucleotides at a frequency of 10−2 to10−3 on 
undamaged templates (Table 11.2) [274, 278]. The low fidelity and low processivity 
of pol h on undamaged DNA and the unusual affinity for accurately bypassing T-T 
dimers suggest that pol h is specialized for this type of damage [275, 277–280].

Pol i is encoded by the RAD30B/POLI gene in humans [281, 282]. Both pol h 
and pol i have been shown to interact as they localize in replication factories [283]. 
Pol i is the only polymerase known to incorporate nucleotides opposite minor 
groove adducts through Hoogsteen base pairing [284–286]. Pol i is highly error-
prone when replicating undamaged DNA (Table 11.2) [284]. It also has very low 
processivity and cannot extend past the single nucleotide incorporated opposite a 
DNA lesion [287]. Pol i is particularly inefficient at adding the correct base oppo-
site T; it preferentially inserts G rather than the correct base A [288].

Pol k, a DinB homolog, is present in the yeast S. pombe and vertebrates, but 
appears to be absent from S. cerevisiae [272]. Unlike pol i and pol h that colocalize 
with PCNA in replication factories during S phase, pol k is found in replication foci 
in only a small fraction of untreated cells or in cells treated with hydroxyurea, UV 
irradiation, or benzo[a]pyrene (B[a]P) (see Fig. 11.5) [289]. Mouse embryonic stem 
(ES) cells that are deficient in pol k are only minimally affected by UV and X-ray 
radiation, but are extremely sensitive to B[a]P [290]. Pol k bypasses bulky adducts, 
such as N2-B[a]P-dG, with higher efficiency than pol i or pol h by correctly inserting 
C opposite adducted G [158, 290–292]. Pol k aids in DNA lesion bypass events by 
efficiently extending from nucleotides inserted by another DNA polymerase oppo-
site the lesion site [293, 294]. Sequential action of pol d and pol k is necessary for 
efficient replication through O6-methyl-dG lesions with pol d efficiently inserting a 
T or C residue opposite the lesion and pol k acting at the extension step [293]. In 
addition, pol k bypasses abasic sites and acetylaminofluorene-adducted guanine in 
an error-prone manner, and is unable to copy DNA containing a thymine-thymine 
(6-4) dimer or a cisplatin-adduct [295, 296].

Rev1 from budding yeast is a deoxycytidyl transferase that inserts dCMP effi-
ciently opposite template G and A as well as opposite abasic sites in  vivo and 
in  vitro [297]. Interestingly, Rev1 incorporates the incoming dCMP by using a 
protein “template” Arg residue instead of template G [298]. The G is expelled from 
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the DNA helix ensuring nucleotide selection in a DNA template-independent 
manner [298]. Rev1 is essential for mutagenesis resulting from TLS through abasic 
sites or other DNA damage [299–301]. However, Rev1 catalytic activity is not 
required for many lesion bypass events, suggesting that Rev1 plays a structural role 
in this process [302]. This structural role is facilitated by the BRCA1 C-terminal 
(BRCT) domain, which is necessary for the targeting of Rev1 to replication foci, 
and the little finger domain (also called the polymerase-associated domain, or PAD) 
which is known to be essential in these polymerases for DNA synthetic activity 
[303, 304]. Rev1 interacts with Pol h, Pol k, and Pol i, which is also suggestive of 
its function as a scaffold during TLS [305–308].

Pol z is a B family polymerase composed of the Rev3 catalytic subunit and the 
Rev7 regulatory subunit [309]. Pol z efficiently extends from nucleotides inserted 
opposite an abasic site (AP), particularly A. It is the combined action of pol d which 
inserts A opposite the AP site, and extension by pol z that facilitates the bypass of 
this lesion [310]. Insertion of A maintains the structural stability of the double helix 
as A·AP, which is geometrically and thermodynamically similar to an A·T base pair 
[311, 312]. Pol z is critical for damage-induced mutagenesis in yeast, but disruption 
of murine Rev3 is embryonic lethal suggesting that it may have more complex 
functions in higher eukaryotes [313]. Unlike other B family polymerases, pol z 
lacks intrinsic proofreading exonuclease activity but is more accurate in compari-
son to Y family polymerases (Table 11.2) [287, 314].

11.8.2 � Regulation of TLS Polymerases by PCNA Modification

Given that TLS polymerases are potentially mutagenic, their access to DNA must 
be regulated, and the processivity clamp PCNA plays a major role in this process. 
PCNA is a ring-shaped homotrimeric complex that encircles DNA and operates as 
a scaffold. PCNA belongs to a family of sliding clamps, including the E. coli b 
clamp, that are structurally and functionally conserved in all domains of life [315, 
316]. During replication, PCNA slides along DNA, tethering high-fidelity poly-
merases d and e to the DNA. PCNA monomers have two similar globular domains 
linked by a flexible interdomain connecting loop (IDCL, Fig.  11.10) [317]. The 
global ring structure is formed by the head-to-tail arrangement of the three mono-
mers to form a pseudo-six-fold axis of symmetry [317]. The inner positively 
charged surface formed by a-helices interacts with DNA while the outer surface is 
composed of b sheets [316, 317]. Although the E. coli b clamp is a homodimer that 
shares little sequence conservation with homotrimeric PCNA, they display a high 
degree of overall structural similarity (Figs. 11.4 and 11.10) [89, 317].

PCNA is loaded onto DNA by the replication factor C (RFC), which, like the 
E. coli clamp loader, is an arc-shaped complex of structurally similar proteins 
[20, 315]. The RFC ATPase contains four similarly sized subunits p36, p37, p38, and 
p40 (Rfc2-5), and a large subunit pl40 (Rfc1). The RFC subunits are arranged so as to 
associate with PCNA like a screw cap [315], similar to the interaction of the E. coli 
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clamp loader with the b clamp [20, 60, 64, 80]. In an ATP-dependent process, 
the PCNA-RFC complex is loaded onto the 3¢-end of the template-primer before 
DNA binding activates ATP hydrolysis leading to dissociation of RFC from the 
loaded clamp [315]. PCNA is loaded directionally, allowing the C side (the face 
from which the C-termini of the monomers project) and the polymerases that bind 
to it, to face the 3¢-end of the nascent DNA [316]. The directionality also allows for 
differentiation between the template and the newly synthesized strand during DNA 
repair processes [318]. PCNA interactors bind the C side by means of the conserved 
PCNA-interacting protein motif (PIP box). The PIP box consensus sequence, remi-
niscent of the b-binding motif (QL[S/D]LF) [210], is Qxx[L/I/M]xxF[F/Y], where 
x is any amino acid; the PIP box may be N-terminally flanked by the sequence KAx 
[319]. The PIP box folds into a 3

10
 helix that plugs into a hydrophobic pocket of 

PCNA formed in part by the interdomain connecting loop [320, 321]. Binding of 
factors containing PIP boxes to PCNA may be competitive, but because PCNA is a 
homotrimer, it is possible that multiple binding events can occur simultaneously 
[316]. The Y family polymerases pol h and pol k possess canonical PIP boxes 
while pol i possesses a noncanonical PIP box and the three polymerases display 
differential interactions with PCNA [273, 322]. However, a hierarchical model of 
Y family DNA polymerase binding to PCNA based on the relative affinities of their 
respective PIP boxes appears to be too simplistic, especially considering the pro-
posed scaffolding role of Rev1, the two-step lesion bypass model in eukaryotes, and 
the roles of posttranslational modifications of PCNA [272, 273, 323]. All four 
eukaryotic Y family DNA polymerases interact with PCNA, but the interaction is 
modulated by posttranslational modification of PCNA [273, 323]. Posttranslational 
modification of PCNA with ubiquitin, in particular, enhances the affinity of Y family 
polymerases for PCNA [273, 323], described below.

Fig. 11.10  Structural comparison of human homotrimeric PCNA and the 9-1-1 complex. Crystal 
structure of homotrimeric PCNA (PDB: 3IFV) and the Rad9-Hus1-Rad1 (PDB: 3A1J) complex. 
Both clamps contain a basic central channel through which DNA is passed. Each subunit is shown 
in red, blue, and green, respectively [352, 380, 381]. The interdomain connecting loops (IDCL) of 
PCNA are indicated
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11.8.2.1 � Ubiquitylation of PCNA

As part of the regulation of DNA damage responses, PCNA is posttranslationally 
modified by conjugation to the proteins ubiquitin and SUMO (small ubiquitin-
related modifier) [324–326]. Ubiquitin (Ub) is a highly conserved 76 amino-acid 
globular protein that is reversibly attached to Lys residues of target proteins 
[327]. Ub modifications influence a wide range of biological activities but per-
haps the most characterized function is proteosomal degradation of poly-Ub-
modified substrates with Lys48-linked Ub chains [327–330]. Lys63-linked Ub 
chains have a range of functions including roles in DNA repair, cell cycle pro-
gression, translation, IkB kinase activation, and endocytosis and transport [327]. 
Ub is conjugated to its substrates in three steps: (1) activation of Ub by an E1 
activating enzyme, (2) transfer to an E2 Ub conjugating enzyme, and (3) conjuga-
tion to the target protein by an E3 Ub ligase [327]. E3 enzymes can also transfer 
Ub to growing Ub chains in the case of polyubiquitylation [327]. Other ubiquitin-
like modifiers (UBLs) including SUMO adopt structures that are similar to that 
of Ub [331–333].

PCNA is monoubiquitylated on Lys164 by a Rad6-Rad18 (E2-E3, respectively)-
dependent process (Fig.  11.11), in response to stalled replication forks. 
Monoubiquitylated PCNA has also been shown to enhance the affinity for Y family 
DNA polymerases to facilitate error-prone pathways via TLS. Y family poly-
merases Pol h, Pol i, Pol k, and Rev1 all contain ubiquitin-binding domains (des-
ignated UBM in Pol i and Rev1 or UBZ in Pol h and Pol k) and PCNA-binding 
motifs that together recruit these polymerases to monoubiquitylated PCNA at 
stalled replication sites [276, 323].

As a result of DNA damage, PCNA can also be polyubiquitylated at Lys164 
by the E2-E3 complex Mms2-Ubc13-Rad5 to form Lys63-linked chains 
(Fig. 11.11) [323, 325, 326]. Polyubiquitylated PCNA promotes error-free DNA 
damage tolerance [326, 334, 335]. PCNA is de-ubiquitylated by ubiquitin-specific 
protease 1 (USP1). Upon UV irradiation, USP1 is inactivated allowing the accu-
mulation of monoubiquitylated PCNA and the subsequent activation of TLS 
[336]. In the absence of DNA damage, it appears that USP1 keeps the cellular 
levels of ubiquitylated PCNA low so as to prevent unnecessary usage of TLS 
polymerases [323]. Therefore, PCNA ubiquitylation plays an important role in 
determining whether replication bypass will occur in an error-free or error-prone 
fashion [337].

11.8.2.2 � Sumoylation of PCNA

SUMO is one of the more extensively studied UBL modifiers that alter the activity 
of target proteins [338]. The machinery responsible for the attachment of SUMO to 
its substrates is similar to the systems that result in ubiquitylation [331–333]. First, 
a thioester conjugate is formed between mature SUMO and E1 activating enzyme. 
Next, SUMO is transferred to the E2 conjugating enzyme Ubc9, and then transferred 
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from Ubc9 to the substrate protein by one of several E3 ligases. Analogous to 
ubiquitylation, SUMO modification is reversible [330, 331].

PCNA can be sumoylated at Lys164 by the Ubc9-Siz1 E2-E3 complex and at 
Lys127 in a Siz1-independent manner [326]. In yeast, PCNA sumoylated at 
Lys164 recruits Srs2 helicase, which prevents inappropriate or “unscheduled” 
homologous recombination (Fig. 11.11) [326, 337]. The details of the regulation 
of the switch between ubiquitylation and sumoylation remain to be determined, 
but one mechanism may involve USP1, which deubiquitylates PCNA [336]. 
Because PCNA is ubiquitylated and sumoylated at the same residue, it has been 
suggested that PCNA sumoylation may be antagonistic to ubiquitylation and that 
these modifications influence which DNA damage response pathways are used by 
a cell [324, 335, 339].

These specific types of posttranslational modifications are not known to occur 
in E. coli. However, the posttranslational modification of UmuD

2
 may play an 

analogous role [98]. The interactions of UmuD
2
 and UmuD¢

2
 with the b clamp, and 

the temporal control of the conversion of UmuD
2
 to UmuD¢

2
, regulate the transition 

from primitive DNA damage checkpoint control to UmuC-dependent DNA-
damage-induced mutagenesis [98, 150, 171, 182, 185, 211]. Thus, though the spe-
cific mechanisms vary tremendously, some of the overarching themes of the DNA 
damage responses in prokaryotes and eukaryotes appear to be conserved.

K164
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Ub Ub Ub Ub Ub Ub

Unknown 

factors
Damage

Avoidance

Recruitment
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recombination
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Translesion Synthesis
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Fig. 11.11  PCNA modifications determine DNA damage response pathways. PCNA (structure 
shown) can be either monoubiquitylated (Ub, green) (Rad6-Rad18-dependent) or sumoylated 
(SU, light blue) (Ubc9-Siz1-dependent) at Lys164 in response to DNA damage. In a Ubc13-
Mms2-Rad5-dependent process, polyubiquitylation can also occur on the Lys63 residue of Ub. 
PCNA monoubiquitylation promotes translesion synthesis by recruitment of TLS polymerases. 
USP1 regulates the level of ubiquitylated PCNA in the cell by removing ubiquitin from monou-
biquitylated PCNA. PCNA polyubiquitylation promotes an error-free damage avoidance path-
way that is not well understood. Sumoylation of PCNA prevents inappropriate homologous 
recombination
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11.8.3 � Eukaryotic Polymerase Switch Mechanisms

Several ubiquitin-mediated bypass mechanisms have been proposed for polymerase 
switching and bypass replication. Monoubiquitylation of PCNA facilitates TLS 
polymerase binding to PCNA [334, 340]. A “trial and error” mechanism, akin to 
the active exchange model proposed above, may be used to select the optimal TLS 
polymerase for lesion bypass [126]. There is also evidence that a second TLS poly-
merase is required to extend the primer from the position opposite the lesion for 
several additional nucleotides before the replicative polymerase is restored [287, 
341–345]. Such a task could generally be accomplished by Pol z, which profi-
ciently extends distorted primer termini [310, 346]. Thus, two polymerase switches 
involving two different TLS polymerases may be required for lesion bypass. On the 
other hand, monoubiquitylation of Pol h and Pol i disrupts their ubiquitin-interac-
tion domains and may prevent the polymerases from binding monoubiquitylated 
PCNA [347]. Given the suggested scaffolding role of Rev1, it is also likely to be 
important in polymerase switching [224, 323].

11.8.4 � DNA Damage and the Eukaryotic 9-1-1 Complex

In addition to posttranslational modifications of PCNA, eukaryotic cells also pos-
sess an alternative clamp-like protein involved in DNA damage responses. The 
human 9-1-1 complex, composed of the Rad9-Hus1-Rad1 proteins (in S. cerevi-
siae: Ddc1-Rad17-Mec3, respectively) [348], is a critical participant in the cellular 
responses to DNA damage [349]. As predicted [350], Rad9-Hus1-Rad1 has a tor-
oidal structure resembling homotrimeric PCNA with a secondary structure topol-
ogy similar to other DNA clamp proteins (Figs.  11.4 and 11.10) [351, 352]. In 
response to DNA damage, the heterotrimeric complex is loaded onto DNA by a 
distinct clamp loader complex Rad17-RFC, in which Rad17 is substituted for the 
large pl40 subunit [315, 349, 353–356]. In vivo experiments show that Rad17 is 
critical to the DNA damage response as its disruption blocks damage-induced 
9-1-1 chromatin binding [349]. Studies in yeast have shown that the 9-1-1 com-
plex, particularly Rad9, is essential for the survival of cells treated with ionizing 
radiation [357]. Recent results suggest that the 9-1-1 clamp is involved in mediat-
ing an SOS-like transcriptional response to DNA damage via its ubiquitylation by 
Rad6-Rad18 [358].

Like PCNA, the 9-1-1 complex has direct roles in DNA damage responses 
including potentially mutagenic TLS by Y family polymerases [359–363]. The 
9-1-1 complex also functions in the recruitment of a variety of enzymes associated 
with long patch base excision repair [364]. Overall, 9-1-1 efficiently directs 
responses to DNA damage by regulating the appropriate checkpoint response, DNA 
repair, or by recruiting TLS polymerases for damage bypass [349, 364]. Thus, 
eukaryotes contain multiple mechanisms for polymerase switching that utilize post-
translational modifications as well as alternative pathways to tightly control DNA 



274 J.N. Ollivierre et al.

damage responses. Perhaps analogously, E. coli also has an alternative clamp, 
called b*, that is involved in DNA damage responses [365–367]. Its function is not 
yet as well-characterized as 9-1-1.

11.9 � Conclusions

DNA damage is ubiquitous. Cells have developed numerous pathways to respond 
to potentially mutagenic or lethal DNA damage. Specialized translesion DNA poly-
merases represent one such mechanism, albeit a mechanism that comes at the pos-
sible cost of mutagenesis. Due to the potentially mutagenic nature of translesion 
polymerases, their activities are tightly regulated, in part by protein–protein interac-
tions that may be modulated by posttranslational modifications. Many questions 
remain regarding the exact nature of polymerase selection for the multiple types of 
DNA damage encountered in cells. In addition, how is damage identified on the 
relatively rapid time scale of DNA replication and the cell cycle? Another area of 
active investigation involves the relative contributions to DNA damage tolerance of 
coordinated polymerase switching (tool-belt vs. dynamic exchange model) vs. gap 
filling. How is the access of DNA polymerases to damaged DNA regulated bio-
physically? What are the molecular details of polymerase exchange within the 
respective models? In the 10 years since the Y family polymerases were recognized 
as a distinct family, remarkable progress has been made in understanding their 
regulation. With wider application of biophysical methods to address future ques-
tions, progress will be made in understanding the multiple layers of regulation that 
control the activity of translesion polymerases.
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12.1 � Introduction

Many proteins bind DNA with moderate cooperativity and low sequence 
discrimination. Important among these are bacterial and eukaryotic chromosome-
structuring proteins [2, 22] and single-stranded DNA-binding proteins [14]. In 
addition, many sequence-specific DNA-binding proteins interact with nontarget 
sequences cooperatively and with low sequence discrimination as part of their target-
search mechanisms. Examples can be found among the transcription-regulatory 
proteins (human glucocorticoid receptor [10] and NFkB [23]; E. coli CAP [27, 30] 
and lambda repressor [24]), among the bacterial restriction endonucleases [31], and 
among the DNA-repair enzymes [18]. The ubiquity of such complexes calls for a 
better understanding of the interactions that stabilize them and the structures that 
result. Here we describe DNA-directed cross-linking and topoisomer analyses that 
are useful for characterizing topologies of protein–DNA complexes. Each is a 
variation on a classical approach, adapting it to features that are present in coopera-
tive, nonspecific assemblies.

The system that we use to demonstrate these approaches is the interaction of 
human O6-alkylguanine-DNA alkyltransferase (AGT) with duplex DNA molecules. 
AGT is a well-characterized DNA-repair protein [5, 6, 16, 20] that is easily purified 
to near homogeneity [5]. It is a small, monomeric protein (M

r
 = 21,519; [9]) that 

binds DNAs containing O6-alkylguanines (and in some cases O4-alkylthymines), 
flips the damaged base out of the duplex stack, and promotes the transfer of the 
alkyl group to a cysteine residue in its nucleotide binding cleft [5, 32]. Crystal 
structures of 1:1 complexes formed on short DNAs indicate that individual mole-
cules of AGT occupy ~8 bp on the minor groove face of B-form DNA; this isolated 
binding is accompanied by modest DNA bending (~15° away from the protein) 
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[5, 6, 32]. In free solution, AGT binds undamaged DNA with modest cooperativity 
at densities approaching 1 protein/4  bp (or nt for single stranded substrates) 
[18, 25]. This binding has little base composition- or sequence-specificity [9, 18, 
25]. Studies with alkyl transfer-inactive forms suggest that the enzyme binds  
O6-alkylguanine lesion-containing DNA with densities and affinities similar to 
those observed with lesion-free substrates [25], while at comparable binding densi-
ties, wild-type protein mediates rapid alkyl transfer from DNA to protein [26]. 
These results are consistent with the ideas that cooperative, nonspecific binding is 
part of AGT’s mechanism of lesion search and that the binding to lesion-containing 
DNA sites also takes place in the context of cooperative protein assemblies.

Together, the available crystal structures of 1:1 AGT–DNA complexes [5, 6] and 
data on binding densities of cooperative complexes [18, 25] allow construction of 
plausible models of cooperative AGT–DNA assemblies [1]. These models predict 
a range of structural and functional properties that are amenable to experimental 
test, among which are the identities of the protein–protein interaction surfaces and 
the presence of torsionally relaxed, B-form DNA in the complex (Fig. 12.1). The 
experiments described below test these predictions.

12.2 � DNA-Directed Protein Cross-Linking

Within a cooperative assembly, the local concentrations of residues across a 
protein-interaction interface can be very high, possibly even exceeding 1  M. In 
contrast, the local concentrations of the same residues in the solution of free protein 
at equilibrium with the complex may be micromolar or lower. All else being equal, 
this difference should have a dramatic effect on the relative rates of the bimolecular 
reactions that contribute to cross-linking (Fig. 12.2a). In addition, the structure of 
the cooperative complex brings together a subset of reactive groups while others are 
kept apart. Thus, the sequence distribution of intermolecular cross-links has the 
potential to identify groups that are in close proximity across a contact interface. 
Short reagents offer the best spatial resolution; note that the relatively long reagent 
DMS (spacer length ~11 Å) cross-links as many as four proteins present in a 4:1 
AGT–DNA complex, while formaldehyde (spacer length 2–3 Å [19]) cross-links 
only two (Fig. 12.2b). For this reason, the reagents we prefer for mapping are form-
aldehyde and Tris (2,2¢-Bipyridyl) ruthenium(II) chloride (Ru(II)), a reagent that 
produces direct cross-links between reactive amino-acid side chains [7].

AGT–DNA complexes were formed under conditions of DNA-excess and cross-
linked with either formaldehyde or Ru(II) reagent, according to published methods 
[7, 21]. Monomeric and covalently dimeric proteins were resolved by SDS-PAGE 
[11], subjected to in-gel digestion with sequencing-grade trypsin and/or chymotrypsin 
[28], and the resulting soluble polypeptides were resolved by MALDI-TOF mass 
spectrometry (Fig.  12.2c). Comparison of the spectra from cross-linked and 
uncross-linked protein samples allowed identification of cross-linked species, while 
comparison of cross-linked species from monomeric and dimeric protein samples 
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allowed identification of cross-links that were unique to the covalent dimer. The 
most abundant species that met these criteria are listed in Table 12.1. These candi-
dates may represent intermolecular cross-links or intramolecular cross-links that 
have been made possible by a conformational change accompanying binding. 
However, cross-links between polypeptides that are nonadjacent in the structure of 

Fig. 12.1  Models of cooperative AGT–DNA complexes containing double-stranded DNA. Panel 
(a). Model of a cooperative complex formed with 24 bp of duplex DNA. End view (left) and side 
view (right). The repeating unit of this model is one molecule of AGT (colors) plus four base-pairs 
of DNA (black); coordinates were derived from the crystal structure of Daniels et  al. [5]. 
Juxtaposition of repeating units preserved B-DNA helical parameters (twist = 34.6°, rise = 3.4 Å) 
between base-pairs of adjacent units. This results in a helical distribution of proteins about the 
DNA axis, with significant contacts between proteins n and n + 3. In the side view, proteins are 
oriented with C-terminal surfaces toward the left. This model predicts strong contacts between 
proteins n and n + 3 and little or no contact between proteins n and n + 1 or n + 2. Panel (b). Major 
protein–protein contacts predicted by the model. This version of the model contains four protein 
molecules and 16 bp of duplex DNA. Proteins are oriented with C-terminal surfaces toward the 
left. Protein monomers colored blue and pink are in contact; contact residues on the N-terminal 
face (residues 6–9; 25, 26, 29, 30, 32, 85–87 and 91) are colored deep blue, contact residues on 
the C-terminal face (residues 73, 74, 108, 109 and 171–176) are colored red. The DNA is shown 
in black. Reproduced with modification from [1], with permission



296 C.A. Adams et al.

Fig.  12.2  Chemical cross-linking as a probe of protein topology. Panel (a). DNA-directed 
cross-linking of AGT protein. AGT protein (~8.3 mM) was cross-linked with 2.5 mM sulfosuc-
cinimidyl 6-(4¢ azido-2¢-nitro-phenylamino) hexanoate (sulfo-SANPAH; S) or with 4 mM dime-
thyl-suberimidate (DMS; D) for 30 min at 4°C in buffer containing 20 mM potassium phosphate 
(pH 7.4 at 20°C), 100 mM KCl, 1 mM EDTA, in the presence (+) or absence (−) of 16 bp duplex 
DNA. Samples were resolved by SDS-PAGE on a 12% gel and visualized by silver staining. The 
dominant AGT complex formed with this DNA contains four protein molecules [18]. Reaction 
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the protein monomer are not readily explained by modest conformational transi-
tions. Representative pairs of nonadjacent polypeptides are shown in Fig. 12.3. Our 
interpretation of the corresponding cross-links is that they span protein–protein 
interfaces within the cooperative assembly. It is significant that these pairs of poly-
peptides have one member that is located close to the protein’s N-terminus in the 
protein–DNA structure, while the other is located near the C-terminus. This pairing 
is consistent with the head-to-tail arrangement of proteins predicted by the models 
shown in Fig. 12.1.

Table 12.1  Cross-linked species present in covalent dimer but absent in monomer

Cross-linking  
reagenta

Proteolytic  
enzymeb

Mass  
observed

Mass  
predictedc Residue numbers

Peptides adjacent 
across protein–
protein interface in 
modeld

F C 1,786 1,788 1–7 and 163–169 +
F C 2,272 2,276 8–19 and 159–167 +
F C 2,877 2,874 17–28 and 104–117 +
F C + T 1,673 1,672 1–7 and 170–176 +
F C + T 2,001 1,993 1–7 and 105–114 +
F C + T 2,246 2,243 8–19 and 167–176 +
F C + T 2,427 2,431 22–34 and 159–167 +
Ru(II) T 2,169 2,167 61–65 and 193–207 e

Ru(II) C + T 2,372 2,375 19–32 and 169–175 +
Ru(II) C + T 2,552 2,549 22–34 and 105–114 +
Ru(II) C + T 2,695 2,698 19–32 and 105–114 +

Table modified from [1], with permission
a F formaldehyde, Ru(II) Tris (2,2¢-Bipyridyl) ruthenium(II) chloride
b C chymotrypsin, T trypsin, C + T double digest with chymotrypsin and trypsin
c Predicted using the ExPASy Compute pI/MW tool (http://www.expasy.org/tools/pi_tool.html) 
using average isotopic masses for amino acids
d Symbol: + denotes juxtaposition in structure
e Contact between polypeptides could not be evaluated because the protein structure used in the 
model does not extend beyond residue 176

Fig.  12.2  (continued) products that migrate as monomers through tetramers are indicated by 
numbers 1–4. Panel (b). Formaldehyde cross-linking of AGT-complexes detected by SDS-PAGE. 
Lane a, molecular weight standards (scale shown at left). Lane b, AGT plus 16mer DNA cross-linked 
for 120 min with formaldehyde (5 mM). Samples were resolved in a 15% SDS-polyacrylamide gel 
and visualized by silver staining. Modified from [1], with permission. Panel (c). Representative 
MALDI-mass spectra of trypsin fragments obtained from cross-linked AGT monomer (upper panel) 
and dimer (lower panel). Gel slices corresponding to monomer and dimer gel bands were digested 
with sequencing-grade trypsin and/or chymotrypsin. Soluble polypeptides were extracted into aque-
ous buffer, adjusted to 2.5 mg/mL alpha-cyanohydroxycinnamic acid, 0.05% trifluoroacetic acid, 
50% acetonitrile, and spotted on a gold target. Dried spots were washed five times with 0.1% trif-
luoroacetic acid and redried. Mass spectrometry was performed using a Ciphergen (Fremont, CA) 
PBSIIc MALDI-TOF mass spectrometer operated at a digitizer rate of 250 MHz, pulse voltage of 
3,000 V, and source voltage 20,000 V. Figure modified from [1], with permission

http://www.expasy.org/tools/pi_tool.html
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12.3 � Analysis of DNA Topology

Our models of AGT–DNA complexes were built with DNA that deviates little from 
the average helical parameters of relaxed B-form DNA. However, because these 
models are based on the structure of a 1:1 AGT–DNA complex, they may not capture 
features of the cooperative assembly that could result in changes in DNA twist or 
writhe. Since several hundred AGT molecules can bind to a large DNA molecule 
(see below), even a small perturbation of DNA structure by each protein may result 
in very significant net winding or unwinding. For these reasons, it was essential to 
test the effects of cooperative AGT binding on DNA topology.

The supercoil relaxation (or topoisomerase) experiment [15] is a classical method 
for determining whether protein binding causes net DNA winding or unwinding. 
This assay involves formation of complexes on covalently closed circular DNA, 
torsional relaxation of the DNA by topoisomerase, removal of the proteins, and 
measurement of any change in linking number evaluated by gel electrophoresis. The 
data analysis requires correlation of protein binding stoichiometry with the measured 

Fig. 12.3  Proteolytic fragments of AGT assigned to intermolecular cross-links. Representative 
fragment-pairs from the set listed in Table 12.1, mapped on a crystal structure of the monomeric 
AGT–DNA complex [5]. In each pair, the fragment with sequence nearest the N-terminal end of 
the protein is colored blue, the one nearest the C-terminal end, red. Panel (a): Fragments 1–7 and 
163–169. Panel (b): Fragments 8–19 and 159–167. Panel (c): Fragments 22–34 and 159–167. 
Panel (d): Fragments 1–7 and 169–176. Panel (e): Fragments 19–32 and 169–176. Panel (f): 
Fragments 19–32 and 105–114. Amino-terminal surfaces are labeled with a blue N, carboxyl-
terminal surfaces with a red C. Reproduced from [1], with permission
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change in DNA linking number. In the past, difficulty in determining the stoichiometries 
of large protein–DNA complexes hampered use of this method for study of coopera-
tive, nonspecific DNA interactions. However, as described below, sedimentation 
equilibrium analysis provides a direct and rigorous solution to this problem.

AGT–DNA mixtures were formed using closed-circular pUC19 plasmid DNA 
(2,686  bp) as the binding substrate. Topoisomer relaxation was carried out with 
topoisomerase I enzymes from E. coli or from Vaccinia virus.1 As shown in 
Fig. 12.4a, increasing AGT concentration shifted topoisomer distributions in favor 
of ones with greater electrophoretic mobility. In these gels, each topoisomer band 
differs by one linking number from the ones migrating immediately above and 
below it. Two-dimensional electrophoresis, with the second dimension run in buffer 
containing ethidium bromide established that AGT binding caused net unwinding 
with respect to relaxed circular DNA (not shown). Integrated band intensities for 
representative topoisomer populations are graphed in Fig. 12.4b. These intensities 
reflect the Boltzmann distribution of torsional free energies of the DNAs; the mean 
linking difference, ∆Lk

m
, was calculated by fitting band intensity as a function of 

∆Lk using (12.1).

	 ( ) − ∆ − ∆ 
2

M mI = I exp Lk Lkw 	 (12.1)

Here, I is the integrated intensity of a given band and I
M

 the maximum intensity of 
the envelope of bands; w is the width of the distribution; ∆Lk is the difference in 
linking number of the band in question from that of the fully relaxed topoisomer; 
and ∆Lk

m
 is the mean linking difference for the DNA population [33]. This analysis 

shows that the mean linking difference (∆Lk
m
) decreases from 0 to ~−7 over the 

range of AGT concentrations tested.
To obtain binding stoichiometry information, aliquots from each topoisomerase 

reaction were analyzed at sedimentation equilibrium (Fig. 12.5a). For large DNAs 
such as pUC19, the concentration of protein-free DNA molecules becomes negli-
gible long before all available binding sites are saturated. These solutions contain 
mixtures of free protein and protein–DNA complex, and the weight-average molec-
ular weight of the complex increases with [protein] until saturation is reached. For 
such a solution, the radial dependence of absorbance at sedimentation equilibrium 
is given by (12.2).

	 ( ) ( )2 2 2 2
0 0( ) exp expp p p D p Dn nA r r r r ra s a s e   = − + − +    	 (12.2)

1 E. coli topoisomerase I acts preferentially on negatively supercoiled DNAs, while the vaccinia 
enzyme relaxes both negatively and positively supercoiled molecules [8, 13, 29]. Topoisomer 
distributions obtained with the vaccinia enzyme are offset in the direction of positive supercoiling 
when compared to those obtained with the E. coli enzyme; this is an expected consequence of the 
preferential binding of vaccinia topoisomerase with positively supercoiled DNA. When this offset 
is taken into account, the linking differences observed with vaccinia and E. coli topoisomerases 
were mutually consistent.
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Fig.  12.4  Topoisomerase analysis of AGT complexes formed with pUC19 DNA. Panel (a). 
Electrophoretic profiles following topoisomerase treatment. Top: experiment using E. coli topoi-
somerase I (E). Bottom: experiment using Vaccinia topoisomerase I (V). All samples contained 
12 nM closed circular pUC19 DNA. Samples c–j contained AGT protein at final concentrations 
of 4.2, 8.5, 10.9, 14.6, 18.2, 22.5, 26.7, and 36.4 mM, respectively. Samples m–t contained AGT 
protein at final concentrations of 4.2, 8.3, 15, 22, 28, 36, 46 and 60 mM, respectively. Samples b–j 
were treated with E. coli topoisomerase I (2 units) for 1.5 h at 20°C; samples l–t were treated with 
Vaccinia topoisomerase I (2 units) for 2.5 h at 20°C. Panel (b). Distribution of DLk for samples 
c–g. Integrated band intensities were normalized to that of the most intense band in each super-
coiled set. The smooth curves are fits of (Equation 12.1) to this data, allowing the most probable 
value of the linking difference to be determined for each sample. Reproduced with modification 
from [1], with permission



Fig. 12.5  Sedimentation equilibrium analysis of AGT complexes formed with pUC19 DNA. Panel 
(a). Representative data taken at 254  nm, 3,000  rpm and 20 ± 0.1°C. Samples contained DNA 
(12 nM) and AGT in buffer consisting of 10 mM Tris (pH 7.6), 1 mM DTT, 1 mM EDTA, 100 mM 
NaCl. AGT concentrations were: 0 M (filled circle), 4.2 mM (filled square), 22 mM (filled circle with 
filled diamond). The smooth curves shown in the lower panel are fits of (Equation 12.2) to each data 
set. Small, symmetric residuals show that the model represented by this equation is consistent with 
the data. Panel (b). Binding stoichiometry as a function of free AGT concentration. Stoichiometries 
were calculated from the reduced molecular weights of complexes. Black symbols (filled square, 
filled circle) are values of samples taken from topoisomerase reactions. Gray diamonds are values 
from experiments carried out with linear pUC19. The error bars show the 95% confidence limits for 
values. Inset: Scatchard plot of the data. The solid curve is a fit of (Equation 12.4) to the data, return-
ing K = 8266 ± 1018, w = 43.9 ± 3.2 and s = 6.8 ± 0.2. From [1], with permission
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Here, A(r) is the absorbance at radial position r and a
P
, and a

PnD
 are absorbances of 

protein and protein–DNA complex at the reference position, r
o
, and e is a baseline 

offset that accounts for radial position-independent differences in the absorbances of 
different cell assemblies. The weight-average, reduced molecular weight of the ensemble 
of AGT–DNA complexes is given by ( ) 2

P DnM M (1 ) / (2RT)
n

p Dn P Dvs −= + − ρ ω , 

while that of free AGT is ( )−= − ρ ω2
p p PM 1 /(2RT)vs . Here, M

P
 and M

D
 are the 

molecular weights of protein and DNA, n is the average protein:DNA ratio of the 
ensemble of complexes; r is the solvent density, w is the rotor angular velocity, R 
is the gas constant, and T is the temperature (Kelvin). The partial specific volume 
of duplex NaDNA at 0.1 M NaCl ( Dv−  = 0.55 mL/g) was estimated by interpolation 
of the data of Cohen and Eisenberg [3]. The partial specific volume of AGT 
( Pv−  = 0.744 mL/g) was calculated by the method of Cohn and Edsall [4], using data 
tabulated by Laue and coworkers [12]. Partial specific volumes of protein–DNA 
complexes were estimated using (Equation 12.3).
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Shown in Fig. 12.5b is a graph of stoichiometry as a function of free [AGT] for 
binding to topoisomerase-relaxed closed-circular pUC19 DNA; also shown is data 
for AGT binding to linear pUC19 DNA, determined by the same method. The 
overlap of these data sets establishes that the closed-circular DNAs were fully 
relaxed and that structures that distinguish circular and linear DNAs (such as 
molecular ends in the linear form) do not significantly affect binding. The inset is 
a Scatchard plot in which the solid curve is a fit of the McGhee–von Hippel equa-
tion (12.4) to the data.
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Here, n = n/2,686, [P] = [P]
input

 − n[pUC19]
input

, K is the equilibrium association 
constant for binding a single site, w is the cooperativity parameter, and s is the 
size of the site (in base pairs) from which a protein molecule excludes others [17]. 
For this data set, K = 8,266 ± 1,018, w = 43.9 ± 3.2, and s = 6.8 ± 0.2. These values 
of K and w are similar to ones found for short duplex oligodeoxyribonucleotides 
[18], while the occluded binding site size (6.8 ± 0.2) is larger. It is likely that the 
larger value of s reflects inhomogeneous protein packing that is expected for 
binding to large DNA, but that is largely absent when short templates are used.

The dependence of the mean linking difference ∆Lk
m
 on binding stoichiometry 

is shown in Fig. 12.6. Over a wide stoichiometry range, AGT binding is accompanied 
by a linking difference of −0.020 ± 0.001/protein molecule, equivalent to a net 
unwinding of 7.2 ± 0.3°/protein. Consistent values were obtained with E. coli and 
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Vaccinia topoisomerases, indicating that the linking difference is unlikely to be an 
artifact of topoisomerase mechanism. This small linking difference is consistent 
with the initial prediction that AGT binds B-form DNA and causes little net torsional 
deformation.

12.4 � Discussion

Topological and binding data of the kinds described here can provide useful 
insights into the structures of cooperative complexes, their mechanisms of assem-
bly, and possibly even their cell biology. For example, the cross-linking data given 
above tests and confirms predictions about the identities of the surfaces of protein–
protein contact within AGT complexes. The polypeptides that have been identified 
can now be subjected to mutagenesis and the mutants tested for effects on binding 
cooperativity in  vitro and DNA repair in  vivo. Thus, cross-linking can make 
possible a “reverse genetics” approach to analysis of interacting systems. In addi-
tion, the cross-linking approach described here is model-independent; it can be 
carried out successfully without detailed structural information like that available 
for the AGT system. A further and important advantage is that this approach can be 
generalized to complex mixtures of proteins organized around a nucleic acid or 
some other structure. In this case, it can be a valuable tool for mapping the juxta-
position of proteins in assemblies that are too large or heterogeneous to be easily 
approached by high-resolution structural biology techniques.

Topoisomer analysis provides a second and independent way to view the fea-
tures of protein–DNA complexes. In the example shown above, AGT binding was 
accompanied by a small (~7°/protein) net unwinding of the double helix. This 

Fig. 12.6  Dependence of the linking difference ∆Lk on binding stoichiometry, n. Data from the 
experiments shown in Figs. 12.4 and 12.5. The error bars represent standard errors of measure-
ment distributions. The line is a linear fit; the slope d∆Lk/dn = −0.020 ± 0.001 corresponds to net 
unwinding of 7.2 ± 0.3°/protein bound. Modified from [1], with permission
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amount of unwinding is incompatible with DNA melting (full-strand separation 
would require a net unwinding of ~138°/protein for binding that can reach a limit-
ing density of 4  bp/protein). This result establishes that the isolated protein is 
incapable of mediating strand separation under our standard conditions, an 
important conclusion given that AGT can bind both single-stranded and duplex 
DNAs [18, 25]. In addition, the juxtaposition of proteins depends on the helical 
periodicity of their binding sites (Fig.  12.1). The measured linking difference 
suggests that the helical pitch of the complex might be as small as 131°/protein, 
instead of the 138°/protein value used in our models. This would reduce the rota-
tional displacement of protein n + 3 with respect to protein n and increase the 
overlap of surfaces that are available for protein–protein contact. Finally, the 
small degree of unwinding implies that AGT binds preferentially to torsionally 
relaxed substrates. Because many cellular processes generate torsional stress in 
DNA, this result suggests that AGT might partition into regions containing 
relaxed DNA. In turn, this suggests that AGT and topoisomerase enzymes may 
colocalize within nuclei. This prediction can be tested in whole cells, using stan-
dard immunohistochemical methods.
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13.1 � Introduction

There is a dichotomy between bulk, population methods and single-molecule studies 
to understand biological systems although both approaches generally seek to learn 
mechanistic information. Using single-molecule methods requires a different kind of 
thinking in order to achieve interpretable results. With a limited set of examples from 
our laboratories, we will demonstrate some successful single-molecule studies of 
protein–DNA interactions as well as to explain some caveats to improve future 
experiments. Our hope is that the reader of our chapter may learn to conceive, 
design, and successfully perform new single-molecule experiments by careful con-
sideration of the desired outputs.

One often encounters molecular and cellular biologists who are intrigued with 
single-molecule approaches and would like to apply them to their own research direc-
tions. An advantage of incorporating such an approach is that single-molecule methods 
have the potential for quantitatively elucidating fundamental biophysical interactions, 
and unmasking key interactions that may be undetectable in bulk analyses. However, 
although cell biologists are intrigued by single-molecule methods, they may not have 
the knowledge about optimal design of a single-molecule biology experiment to gener-
ate meaningful and quantifiable results. For example, in atomic force microscopy 
(AFM) experiments, it is necessary to underscore the importance of using purified 
protein complexes so that the protein of interest can be specifically identified in 
DNA–protein complexes. Further, single-pair fluorescence resonance energy transfer 
(spFRET) can only be used when fluorescence events are detectable above fluores-
cence noise, which also requires pure and properly labeled protein samples.

S.H. Leuba (*) 
Departments of Cell Biology and Physiology and Bioengineering, Hillman Cancer Center, 
Petersen Institute of NanoScience and Engineering and University of Pittsburgh Cancer Institute, 
University of Pittsburgh School of Medicine and Swanson School of Engineering,  
5117 Centre Avenue, 2.26a, Pittsburgh, PA 15213, USA 
e-mail: leuba@pitt.edu

Chapter 13
How to Think Like a Single Molecule: 
Obtaining Quantitative Measurements  
on Single DNA Molecules and Chromatin 
Fibers

Sanford H. Leuba and Richard A. Steinman 



308 S.H. Leuba and R.A. Steinman

Although single-molecule data are generally relatively easy to interpret in 
well-designed experiments, it is important to note that the information generated 
may fit multiple models. For example, in their elegant seminal work involving opti-
cal tweezers stretching of single DNA molecule experiments, Smith et al. [1] (see 
also [2]) posited that a plateau in the stretch curve that occurred about 65 pN was 
of the formation of a new DNA structure that was called “S-DNA” or stretched 
DNA. However, the experiments did not actually provide structural information, and 
S-DNA was a hypothetical model. Later, using the same kinds of optical tweezer 
technologies, Williams and collaborators were able to show using thermodynamic 
arguments that the plateau is created from a combination mixture of single-stranded 
(ss) and double-stranded (ds) DNA [3] (for a review, see [4]). Recently, van Mameren 
et  al. used a combination of fluorescence and force spectroscopy to structurally 
demonstrate DNA melting during overstretching [5] (also, see commentary: [6]).

As illustrated above, while single-molecule biology techniques are sensitive 
approaches, they must be applied with care. It helps to envision what the data may 
look like, and to design experiments that will generate quantifiable data. Here, we will 
discuss a number of approaches that we have successfully used to make quantitative 
and repeatable measurements on DNA/protein complexes. Additionally, we will discuss 
some of the pitfalls that we have experienced and how we have or will overcome these 
problems. We will begin by discussing measurements of DNA alone. We will then 
describe how AFM, spFRET, and magnetic tweezers (MT) can be used to study chro-
matin structure and dynamics. We end with a description of how these methods can 
be used to evaluate drugs that may interact with chromatin

13.2 � Atomic Force Microscope

The AFM instrument allows for nanometer scale imaging of macromolecules such 
as DNA and DNA–protein complexes. There are two methods used: rinsing the 
sample and then fluxing with air prior to imaging in air or direct imaging in buffer 
solution. The atomically flat surface (freshly cleaved mica or flamed and rinsed 
glass) on which macromolecules are imaged in AFM provides both advantages and 
disadvantages. This flat surface allows a planar surface for DNA–protein interac-
tions to be probed with a fine tip by scanning the surface and mapping out the 
height as a function of position. The major disadvantage is that there must be some 
sort of interaction between the macromolecule(s) and the surface so that the 
molecule will adhere throughout the deposition process and as the sample is 
scanned. Typically during deposition for imaging in air, the deposited molecules are 
rinsed with purified water and then fluxed with nitrogen gas; after this typical depo-
sition process only stable complexes are left intact on the surface. For AFM  
imaging studies where the sample and AFM probe are immersed in buffer, there 
must be sufficient interactions between the DNA or DNA–protein complexes and the 
surface so that these macromolecules adhere to the surface and are not dislodged 
by the raster scans of the AFM tip.
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13.2.1 � Height Measurements in AFM

Typically, the radius of curvature of the AFM tip is on the order of 5–10  nm. 
Macromolecules with features of 1 nm heights or less can be imaged, although a 
larger range of features is optimal. Imaging is generally successful in experiments 
in which the molecule of interest projects, i.e., it is double the height of other 
nearby objects. For imaging in air, DNA is often measured to be about 0.5 nm high 
off the surface of the underlying atomically flat mica or glass. Therefore, proteins 
bound to a molecule of DNA that are double or triple that standard (0.5 nm) apparent 
height are easily recognizable.

13.2.2 � DNA Length Measurements in AFM

DNA has a minimal length that can be readily discerned in AFM images. About 
200 nm of dsDNA (~600 bp) is a typical minimum length for analysis.

13.2.3 � Chromatin and AFM

The repeating nature of nucleosomes in chromatin fibers renders these fibers an 
excellent system for study using the imaging capabilities of the AFM (Fig. 13.1). 
In this instance, the overall 11 nm dimension of a nucleosome is slightly larger than 
the typical radius of curvature of an AFM tip, making nucleosomes easily recognizable 
in AFM images. Furthermore, the typical 30 nm spacing of individual nucleosomes 
and the repeated pattern of nucleosomal structure makes them readily identifiable 
in AFM images, akin to a bird’s eye view of a range of mountain peaks. Even indi-
vidual nucleosomes can be imaged because their apparent heights (~2 nm in tapping 
mode AFM images in air) compared to the apparent heights of naked DNA molecules 
(~0.5 nm in tapping mode images in air), and the hemispherical shape makes them 
readily identifiable. The compatibility of AFM capabilities and chromatin fiber 
structure will be advantageous in analyses of the effects of posttranscriptional histone 
modifications on chromatin structure.

When we started AFM imaging of chromatin fibers, we first considered using 
the same conditions that were used for imaging naked DNA molecules [7], i.e., to 
perform the deposition in 10 mM MgCl

2
 buffers. However, we were concerned that 

such high magnesium conditions would disrupt the protein/DNA structure in chro-
matin, so magnesium was absent in our approach. Ultimately, we were able to 
determine that depositing chromatin over time in tri-ethanolamine buffers under 
low ionic strength conditions was sufficient for the adherence of chromatin fibers 
to the surface. The addition of 10 mM NaCl caused disruption of the chromatin 
fibers leading to an image analogous to DNA “spaghetti” with a few histone “meatballs” 
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(also described in [8]). Ultimately, we adopted a mild glutaraldehyde treatment of 
the fibers before deposition, as had been used in electron microscopy [9] to fix the 
fibers prior to imaging. The resulting chromatin fibers exhibited an irregular three-
dimensional arrangement of nucleosomes – these are the conditions used in the 
experiment depicted in Fig. 13.1.

13.3 � Magnetic Tweezers

MT DNA/protein experiments typically have a DNA molecule tethered between a 
surface and a superparamagnetic bead such as a Dynal bead [10, 11]. An external 
magnetic field is used to apply a constant force and to keep the tethered superparamag-
netic bead in the focus of a video camera. Changes in DNA length (manifested as vertical 
movement of the superparamagnetic bead) are measured over time by shifting the 
focus of the video camera. By using a tethered T7 RNA polymerase (RNAP) to bind 
DNA to a surface and the superparamagnetic bead to keep it elongated, the progression 
of the DNA through the RNAP (i.e., transcription) was manifested by vertical move-
ment of the bead, followed by shifting the video camera focus. In order to discern 
whether passage of DNA through RNAP generated twist, a small biotinylated marker 
bead was bound to the large streptavidin-coated superparamagnetic bead. The marker 

Fig. 13.1  500 nm × 500 nm AFM image of glutaraldehyde-fixed chromatin fiber that has been 
tilted 30° to emphasize the topographic height of the fiber above the surface. The chromatin fiber 
has an irregular three-dimensional arrangement of nucleosomes. Each vertical notch indicates a 
height scale of 25 nm. Adapted from Leuba et al. [70]
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bead uncovered rotation of the bead assembly during transcription (Fig.  13.2a, b). 
Using this arrangement, the magnetic tweezers facilitated capture of transcription 
occurring from a single RNAP (Fig. 13.2a, b) [12], movie is available at http://pubs.
acs.org/doi/suppl/10.1021/nl0509125. We were able to observe the small bead rotate 
around the larger bead in 30 continuous rotations representing over 300 bp of tran-
scription. A caveat was that this was the only movie of any sufficient length we were 
able to record. We had some instances of where the two-bead complex would make a 
90° rotation only to be yanked back (unpublished data not shown); similar movies 
have been observed by Sakata-Sogawa and Shimamoto [13]. Moreover, when we 
calculated the torque that was generated [14, 15], it was in excess of 200  pN nm, 
which substantially exceeded the 35 pN nm maximum torque threshold that could be 
measured on naked DNA molecules in the elegant rotor bead experiments of Bryant 
et al. [16]. Steven B. Smith (personal communication) has suggested that the rotating 
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Fig. 13.2  Following transcription elongation occurring on a single RNA polymerase. (a) Schematic 
concept of the experiment, not to scale. (b) Individual frames following the rotation of a 1,000 nm 
biotinylated bead attached to a streptavidin-coated 2,800 nm superparamagnetic Dynal bead. The 
superparamagnetic bead is attached to a double-stranded DNA molecule, which is tethered to a T7 
RNA polymerase molecule, adhered to a surface. Upon the addition of nucleotide triphosphates, 
the biotinylated bead was observed to rotate 30 times around the larger superparamagnetic bead 
suggesting that the passage of DNA through the RNA polymerase creates enough twist in the 
DNA to rotate the two-bead assembly. Adapted from Pomerantz et al. [12]. (c) Another potential 
geometry of the tethered superparamagnetic bead adapted from panel (a), not to scale. In this case 
both the RNA polymerase and the bead are on the surface. The attachment of the dsDNA template 
to the bead may inhibit rotation in some cases

http://pubs.acs.org/doi/suppl/10.1021/nl0509125
http://pubs.acs.org/doi/suppl/10.1021/nl0509125
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superparamagnetic bead might not be suspended in solution above the surface as 
intended, but instead rotates/slides on the glass surface adjacent to the tethered tran-
scribing RNAP (Fig. 13.2c). The superhelical tension in the DNA molecule may have 
generated spinning in the superparamagnetic bead. Another problem with this experi-
ment is our inability to ascertain the exact location of the attachment of the DNA to 
the surface of the superparamagnetic bead. The Dynal bead is essentially a plastic bead 
soaked with ferric oxide particles that provide the bead an overall magnetic moment 
induced by the external magnetic field. The dsDNA molecule is not necessarily attached 
to the bottom of the Dynal bead, and the rotation of the Dynal bead in a magnetic field 
could be inhibited by DNA attachment to an equatorial portion of the bead (see, e.g., 
potential attachment in Fig. 13.2c). To avoid these caveats, future planned experiments 
would use rotor bead attachment [16, 17]. In that instance the superparamagnetic bead 
would act like a skyhook [17], without affecting the rotation of the rotor bead that is 
placed about halfway onto the DNA molecule between the superparamagnetic bead 
and the surface. Consequently, only the rotation of the rotor bead would be measured 
whereas one rotation would indicate transcription elongation of 10.2 bp. A conclusion 
about these kinds of experiments is that constructs have to be carefully prepared to 
avoid nonspecific surface interactions.

13.4 � Single-Pair Fluorescence Resonance Energy Transfer

In a FRET experiment, two fluorophores with overlapping absorption and emission 
are used to precisely measure the distance between two locations. When the fluoro-
phores are close together and depending on the orientation between the two dyes, 
energy transfer occurs and absorption at one fluorophore results in emission from the 
other fluorophore at a shifted wavelength. Structural modeling can enable us to pre-
dict the R

0
 (Förster radius), the distance at which the 50% FRET occurs between a 

matched pair of fluorescence dyes. The extensive database of proteins and of protein/
nucleic acid structures can facilitate the design of informative spFRET experiments 
in which the exact distances between fluorophores can be predicted based upon the 
locations of each fluorophore within a protein or a DNA molecule or in a model in 
which one fluorophore is in a protein and the other in bound DNA. For instance, 
programs such as PyMol (http://www.pymol.com) can facilitate placement of labels 
and modeling of the distances between labels. These models inform the design of 
experiments in which one configuration positions the distance between the two site-
specifically located dyes at a nanometer or two below the R

0
, while in the other con-

figuration, the distance between the two site-specifically located dyes is 1–2  nm 
above the R

0
. In this way, one can maximize the differences between two states of 

spFRET as a function of DNA, protein or DNA/protein configurations. It is conve-
nient to make the low FRET state sufficiently above zero FRET such as at ~0.3 
FRET. It is then easy to differentiate this low FRET signal from photoblinked or 
photobleached states that give zero FRET (in these states the fluorescent dyes enter 
temporary or permanent dark states, respectively, and become nonfluorescent and 
hence have no measurable fluorescence intensity).

http://www.pymol.com
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Using electron microscopy, Stasiak and coworkers originally reported the 50% 
lengthening of DNA molecules by the addition of RecA [18]. Several studies with 
optical tweezers suggested RecA induced lengthening of individual DNA molecules 
[19–22] over a decade ago. We recently applied spFRET to study the RecA system 
[23, 24]. As demonstrated in Fig. 13.3, we prepared a dsDNA molecule containing 
a ssDNA tail such that a Cy3–Cy5 dye pair was separated by ~13 bp apart (a distance 
of ~4.4 nm) that was within the Förster radius for measurable spFRET. The top 
panels are video images using either filters for Cy3 (left halves) or Cy5 (right 
halves) of the same areas. Each individual light spot in the images represents the 
fluorescence intensity of an individual dye. In the naked DNA case, the high 
spFRET has a histogram peak with a mean of ~0.8 (shown in the graph below 
the raw data), indicating that the dyes are close together, as expected for naked 
DNA. Upon the addition of recombination protein RecA, the dsDNA is length-
ened 1.5 times to a distance of about ~6.6 nm with a concomitant lowering of 
the histogram spFRET peak to ~0.3. Upon the addition of DNA helicase PcrA, 
we observe the spFRET in the histogram to rise again to ~0.8 units suggesting 
that PcrA has displaced the RecA molecules and the DNA molecule has returned 
to its naked dsDNA state. The rationale for performing these experiments was 
the observation that PcrA mutants are hyper-recombinagenic [25], suggesting a 
role of this DNA helicase with recombination proteins such as RecA. In addition 
to our measurements taken at various time points during the experiment, spFRET 
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Fig.  13.3  PcrA reverses RecA induced double-stranded DNA lengthening. See text. Adapted 
from Anand et al. and Leuba et al. [23, 24]
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offers the advantage of following individual biological reactions in real time. While 
the final average results from the histograms in Fig. 13.3 could be obtained in a bulk 
experiment, these single-molecule experiments also allow one to obtain information 
on individual DNA molecules. Such individual information is critical for measur-
ing the dynamics of RecA removal by PcrA (see below).

Since sites in DNA molecules can be specifically labeled, we believe that this 
robust system can be used to follow dynamics of processes moving along DNA 
molecules. Having two or more sets of dye pairs spaced along the DNA molecule 
so that there is no crosstalk from one pair of dyes to another, we hope to follow 
processes that sequentially interrogate one dye pair and then the next, each time 
causing a quantized increase or drop in the signal; the distance between these quan-
tized changes in intensity should reflect the length of time a process has to travel 
from one dye pair site to another.

13.5 � Single-Molecule Drug Discovery Using spFRET

An advantage of single-molecule techniques over ensemble analyses of molecular 
events is that discrete steps in intermolecular interactions can be captured. Such 
events would be masked during analysis of pooled samples. This could be beneficial 
in drug development because drugs that affect the same overall process could be 
shown to modulate distinct sequential effects. Ensemble analyses are less likely to 
distinguish between agents that target different steps in a clinically important 
mechanism. For example, inhibitors of reverse transcriptase can induce chain 
termination (as occurs with nucleoside analogues) or can inhibit the enzyme 
directly. Single-molecule spFRET analyses have uncovered an intricate choreography 
of movement of reverse transcriptase along nucleic acid duplexes that involved sliding 
between duplex DNA termini along with shifts from an RT into a polymerase role [26]. 
This model enabled a detailed analysis of HIV drug functionality. In another 
example of the power of single-molecule analyses, optical tweezers have been helpful 
in capturing the kinetics of movement of another polymerase, RNAP, and uncovered 
step motion along DNA as well as backtracking and pausing [27–29]. Polymerase 
kinetics can also be uncovered by FRET; in particular, three-color alternating laser 
excitation (3c-ALEX) can capture polymerase movement away from one fluoro-
phore and toward another in a single experiment [30]. Such dissection of the kinetics 
of RNAP progression can augment the analysis and development of drugs aimed at 
inhibition of transcription initiation complexes or at inhibition of transcript elongation. 
By identifying additional steps in protein–DNA interaction, single-molecule studies 
can uncover transient states that represent new targets for drugs.

Most analyses to date have utilized naked DNA as a template for transcription 
studies; however, single-molecule techniques such as spFRET should facilitate the 
study of drugs and/or histone modifications on nucleosomal DNA that are linked 
to eukaryotic transcription or to DNA repair events. Insofar as experimental 
models incorporate nucleosomes and specific combinations of promoter elements, 
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these experiments will be a more robust resource for identifying small molecules 
(or proteins) that can affect specific transcriptional sites within the genome, rather 
than indiscriminately modulating all transcripts. Ideally, single-molecule tech-
niques will be directed at nucleosomal DNA that recapitulates the in situ response 
of corresponding promoter regions to drugs. These models could explain why only 
a fraction of the consensus sequence elements for a given transcription factor are 
active in the cell. It is believed that chromatin conformation and combinatorial 
transcription factor binding sequences contribute to this promoter specificity. 
Similarly, as histone deacetylase inhibitors (HDACs) and DNA methyltransferase 
inhibitors move into greater clinical use, it is evident that only subsets of genes are 
responsive to these agents. Single-molecule techniques could capture chromatin 
and sequence features that account for this selective responsiveness.

Single-molecule techniques may offer a sensitive readout for agents that can 
affect the initiation of transcription for select classes of promoters. In order to realize 
this potential, it would be advantageous to conduct the assays under conditions 
approximating physiology, i.e., using nucleosomal DNA. Challenges include the 
generation of informative and realistic nucleosomal constructs, the reproducibility 
of transcriptional modeling using such constructs, and the scaling of single-molecule 
assays to allow medium or high-throughput screening of candidate transcriptional 
modulators.

We have reported the generation of nucleosomes containing precisely positioned 
fluorophores on DNA that exhibited spFRET in the closed nucleosomal conformation, 
spontaneously fluctuated between open and closed conformations on a timescale of 
seconds, and lost FRET in salt-disrupted nucleosomes [31]. Widom’s laboratory 
has reported short, spontaneous (10–50  ms) unwrapping of nucleosomes that 
rendered DNA accessible to protein binding to a target site that was positioned at 
one end within the nucleosome rather than in naked linker DNA between nucleosomes 
[32, 33]. Ensemble FRET was used to demonstrate durable trapping of nucleosomes in 
the open position by binding of the transcriptional repressor LexA [33]. Subsequent 
stopped flow, fluorescence anisotropy experiments exploited this protein trap to 
measure the kinetics of nucleosome unwrapping. These population-based experi-
ments established that nucleosomes transiently unwrapped and that this feature 
facilitated transcription factor access. Single-molecule studies have allowed even 
more detailed analysis of these important unwrapping dynamics. Koopmans et al. 
recently conducted experiments that measured transient nucleosomal unwrapping 
by combining alternating laser excitation (ALEX) in conjunction with spFRET to 
enable determination of FRET efficiency and of fluorophore stoichiometry simul-
taneously [34]. The use of ALEX helped to resolve sample heterogeneity and 
allowed true conformational change in doubly labeled reconstituted nucleosomes to 
be distinguished from photobleaching and fluorophore blinking artifacts. In order 
to avoid immobilization artifacts, nucleosomes were imaged both in free solution 
and (to prevent diffusion-driven disassembly) in PAGE gels. The combination of 
ALEX-spFRET and fluorescence correlation spectroscopy (FCS) analysis of in-gel 
nucleosomes disclosed transient (~4.5  ms) unwrapping of DNA at nucleosomal 
ends (K

eq
 = 0.2–0.6) and to a lesser degree 27 bp inside the nucleosome (K

eq
 = 0.1). 



316 S.H. Leuba and R.A. Steinman

Histone proteins and DNA remained associated, and nucleosomes did not dissociate 
during these unwrapping events. The above experiments indicate that transient 
fluctuations in nucleosomal wrapping (particularly at the ends of wrapped DNA) 
can facilitate access of nucleosomes to regulatory proteins binding at sites within 
the nucleosome.

The ability of single-molecule and ensemble techniques to precisely monitor the 
kinetics and positional features of chromatin remodeling make them suitable for 
the study of drugs that act to modulate transcription. This is significant because of 
the central role of transcriptional deregulation in many diseases such as cancer and 
developmental disorders.

Ligand-regulated transcription could be well suited to analysis using single-
molecule techniques. Ligand addition rapidly modulates the formation of productive 
complexes on DNA or activates pre-formed complexes. The binding of agonist 
ligands to nuclear hormone receptors (NHR) triggers a conformational change in 
the ligand-binding domain that establishes a binding site for transcriptional coacti-
vators. NHR act by binding single or repeated hexameric DNA motifs (generally 
5¢-PuGGTCA) as monomers or as homo- or hetero-dimers to activate genetic 
programs when they are bound by ligand. Different NHR bind to a recognition 
element depending on the spacing between the repeated motifs and the orientation 
of repeated motifs relative to each other. Because nuclear receptors orchestrate the 
signals of central cellular processes, it is not surprising that aberrant activation or 
downmodulation of nuclear receptor signaling contributes to a variety of diseases 
including diabetes and cancer. Truncated, mutated, or aberrantly activated nuclear 
receptors as well as overexpressed (AIB1) nuclear receptor coactivators have been 
associated with cancer, in some cases in a causal role [35]. Pharmacologic doses of 
nuclear receptor agonists or antagonists consequently have had therapeutic and/or 
preventive value in cancer. Ligands that have been used in this fashion include 
retinoids [36], synthetic estrogens [37], agonists of the PPARgamma nuclear receptor 
[38], and vitamin D [39].

Because of their substantial clinical impact, ligands that modulate NHRs would 
be a propitious focus for screening and analysis using single-molecule techniques. 
New ligands for NHRs (including “orphan” receptors for which ligands have not 
yet been identified) would comprise therapeutic drug candidates. The identification 
of NHR ligands has occurred primarily by screening libraries for NHR binding 
(e.g., [40, 41]) and sometimes guided by in silico analyses [42, 43]. However, the 
ability of candidate ligands to bind to NHRs does not establish the effect of that 
complex on transcription. Functional assessment of putative NHR ligands has 
generally used cell-based assays (e.g., [44–46]). In vitro models of ligand/receptor 
activity have been lacking. There are no extant high-throughput assays that screen 
concurrently for ligand binding and activity at nucleosome-bound NHRs. Given 
that only a portion of promoters harboring DNA-binding sites for NHRs (e.g., 
estrogen receptor) are activated by liganded estrogen receptor (ER) [47], it is 
important to study these interactions in the context of NHR-binding sites located 
within or adjacent to nucleosomes.

Many studies indicate that unliganded ER (as opposed to glucocorticoid receptor 
(GR) not bound to ligand) is predominantly nuclear [48–54]. Addition of estrogen 
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leads to rapid recruitment of coactivators to bound nuclear estrogen receptor [54]. 
In addition to altering DNA-bound ER conformation to facilitate cofactor binding, 
estrogen induces subnuclear redistribution of ER and coactivators within the 
nucleus [48, 53, 55] and also decreases the k

off
 of DNA-bound ER [56]. Sequential 

chromatin immunoprecipitation has demonstrated that both unliganded ER and 
estrogen-bound ER both bound DNA cyclically with a period of roughly 20 min 
and recruited histone acetyl transferases to DNA. However, histone H3 dimethylation 
on R17 and H4 acetylation on K16 and ultimate recruitment of polymerase II only 
occurred following binding of estrogen to ER [57, 58]. These studies support a 
model in which the addition of estrogen to DNA-bound, unliganded estrogen receptor 
will trigger the formation of complexes that cause nucleosomal conformational 
changes and priming for transcription. Insofar as this process can be illuminated by 
bulk and single-molecule spFRET techniques, the conformational realignment of 
nucleosomes can be a marker for estrogen receptor agonists.

We are currently constructing a nucleosomal sensor to detect ER-mediated remod-
eling of mononucleosomes. The sensor is constructed to screen (at the ensemble 
level) candidate ligands that can activate (or prevent activation of) nucleosomal DNA 
containing estrogen response elements (EREs) (Fig.  13.4). At the single-molecule 

= Estrogen Receptor

= Estrogen (agonist)

= Novel Agonist from Library

= ICI (antagonist)

nucleosom
e

a b

Fig.  13.4  Concept of nucleosomal biosensor use in drug discovery. Representative rows from  
384-well plate are shown. On the left side of each panel, labeled DNA affixed to the well is shown. 
Two wells are shown in cross-section. Histones are added to package the DNA into nucleosomes, as 
shown, with FRET energy transfer from the donor to acceptor fluorophore in the closed nucleosomal 
conformation. In the schematic shown, the donor fluorophore is at the end of nucleosomal DNA and 
separated by 76 nucleotides from the acceptor fluorophore. An alternative construct positions both 
fluorophores at internal sites flanking the central dyad and spaced to permit FRET. The ERE at posi-
tions 11–27 may ultimately be positioned elsewhere in the nucleosome. (a) One row of wells con-
tains wild-type estrogen response element in the DNA (dark blue line) while the other row of wells 
contains a mutated ERE that does not bind ER. Estrogen activates nucleosomes containing the wild-
type ERE but not a mutated ERE that does not bind ER. (b) ERE-containing nucleosomes are shown. 
Novel agonists will bind to ER and open the nucleosome, causing FRET loss. In contrast, ER 
antagonists (shown as pink circle) or nonreactive compounds will not cause FRET loss. Antagonists 
are expected to prevent FRET loss associated with coadministered agonist
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level, the kinetics of ligand-mediated remodeling will be studied. Ensemble and 
single-molecule analyses are complementary. An advantage of the single-molecule 
approach is that details about fast processes are obtained including kinetic informa-
tion that may be lost in asynchronous populations. For instance, rate constants of 
nucleosomal opening following ligand addition can be calculated for individual 
nucleosomes. An advantage of the bulk approach is that the differences in agonist 
activity of different ligands can be quantified on a population basis that controls for 
variance between individual sensors.

Estrogen receptor readily accesses nucleosomes containing ER response elements. 
The receptor binds specifically and does not alter its binding position (as assayed 
by footprinting) as a function of ligand [59]. Metivier et al. [58] have conducted a 
minute-by-minute analysis of ER-mediated activation of a nucleosomal ERE using 
chromatin immunoprecipitation of MCF-7 cells to demonstrate the kinetics of 
estrogen-induced recruitment of proteins to the ER/nucleosome complex during 
transcription initiation. Interestingly, recruitment of coactivators and polymerase to 
the promoter was coordinated with cyclical methylation and demethylation of DNA 
bordering the transcription start site [60, 61]. Micrococcal nuclease accessibility 
assays showed that in the presence of estrogen, ER caused remodeling of the 
nucleosome, peaking at 60 min. In the absence of ligand, ER bound to the promoter 
and recruited a subset of cofactors to “prime” transcription but did not induce 
remodeling of the ERE-containing nucleosome [57]. These studies support the 
likelihood of detecting loss of DNA FRET upon initiation of ligand-dependent 
nucleosome remodeling and frame the timescale for initiation of FRET monitoring.

The nucleosomal sensor that we are studying uses a 164-bp “601” nucleosomal 
positioning sequence into which the ER recognition site agGTCAaagTGACCtg has 
been substituted at two internal positions. The positions at which this binding site 
was substituted within the “601” sequence [62] were chosen to maintain optimal 
alignment with AA/TT dinucleotide distribution [63] to comprise an optimal 
sequence for nucleosome formation [64]. The binding of liganded and unliganded 
ER to these sequences and to ER target sequence in the linker region adjacent to the 
nucleosome is under study. As noted in Fig. 13.4, TAMRA and Cy5 are positioned 
to generate FRET in the wrapped but not unwrapped nucleosome. The ability of 
agonist ligand (estradiol) or irrelevant ligand (vitamin D) in conjunction with 
ER-containing and -lacking cell extracts to initiate chromatin remodeling that par-
tially unwraps the nucleosome leading to durable loss of FRET will be followed in 
ensemble assays. The ability of antagonist ligand (ICI182780) to disrupt estradiol-
induced nucleosomal unwrapping serves as an additional control and sets the stage 
for screening of candidate ligands.

The timescale for single-molecule studies of the kinetics estrogen/ER chromatin 
remodeling should optimally capture events over seconds to minutes. The kinetics 
of E2 binding to ER (K

a
 = 1.3 × 106 M−1 s−1 [65]) and co-activator assembly (t−1/2 ~2 s 

[54]) suggest that changes in FRET should be readily discerned within the time-
frame of the experiment prior to dye photobleaching. Photobleaching can be 
deterred with antioxidants such as Trolox [66] or improved oxygen scavenging 
systems [67].



31913  How to Think Like a Single Molecule

We have also found the ALEX-spFRET system to be useful in discerning real 
from artifactual changes in FRET efficiency in these sorts of studies. Informative 
comparisons expected for the single-molecule studies include the impact of ER 
response element position on unwrapping kinetics, the kinetics of displacement of 
agonist with antagonist and vice versa, the impact of cellular origin of extracts (e.g., 
the ligand tamoxifen is an agonist in uterus and antagonist in breast) and the impact 
of specific cofactors determined through add-back to cofactor-depleted extract or 
through recombinant transcription reconstitution mixtures.

The advantage of an ALEX-spFRET-based system to study nucleosomal unwrapping 
as a marker of transcriptional initiation is that it provides a rapid readout that cap-
tures binding and remodeling. This is expected to be much more rapid and versatile 
than cell-based reporter gene assays and is more informative than assays that measure 
only ligand/receptor binding. Moreover, single-molecule systems are efficient, 
using much less input material than alternative assays. We foresee future adapta-
tions of these nucleosome-based systems to incorporate three-color FRET [68] or 
ALEX-FRET [69] and to follow cofactor kinetics in conjunction with promoter 
unwinding and DNA-histone distancing.

Many caveats confront the successful accomplishment of nucleosomal single-
molecule studies to dissect regulated transcription. These include the minimization 
and discernment of spontaneous nucleosome disassembly, optimizing protocols to 
minimize nonspecific protein binding artifacts from cell extracts, optimizing 
concentrations of components and positions of binding elements and fluorophores 
and ultimately adapting robust microfluidic screening platforms to incorporate 
viable nucleosomal sensors into high-throughput drug screens. The rapid advancement 
of sensing and analytical technologies as well as the expanding knowledge base and 
experience of investigators with these techniques will help propel the field beyond 
such obstacles.

13.6 � Conclusions

While single-molecule techniques are still in an early phase, remarkable progress 
has been made using both home-built and standardized instrumentation. Not only 
has imaging fidelity become robust, enabling precise kinetic measurements, but 
also different technologies and modalities have been combined to yield synergistic 
benefits. Binding relationships uncovered in AFM can be further analyzed dynamically 
through ALEX-spFRET and/or optical tweezers. Precise characterization of the 
kinetics of protein/DNA or protein/protein interactions can follow because stepwise 
changes in interactions are not masked by averaging of pooled signals. Because of 
this degree of discrimination, it should be possible to distinguish between drugs 
that affect the same overall process, should they act on different targets or transition 
states. Given this potential, it will be important for investigators in the single-molecule 
field to forge scientific relationships with other biomedical scientists. Such partnerships 
can bring the benefits of these new analytical tools to bear on important physiologic 
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problems (such as aberrant transcription in cancer) and on drugs to treat those 
conditions.
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14.1 � Long-Range Regulatory Elements in Higher  
Eukaryotic Cells

To precisely control differentiation and development, eukaryotic organisms have 
evolved complicated genetic and epigenetic mechanisms to modulate gene expression. 
The definition of the gene as a functional unit in higher eukaryotic organisms goes 
far beyond the description of the promoter and coding regions. Regulatory elements, 
especially long-range regulatory elements, have profound influence. Aberrant gene 
expression resulting from improper positioning of long-range regulatory elements 
(e.g., due to chromosome translocation or deletion events) can result in loss of 
expression, ectopic expression, or enhanced expression that can disrupt normal 
tissue differentiation and development or promote the evolution of neoplasms.

Regulatory elements in genomic DNA have been studied intensively in multiple 
organisms. Elements are usually located upstream of the gene being regulated and 
are bound by transcription factors and other regulatory proteins that recruit coacti-
vators or corepressors to control expression. Long-range regulatory elements are 
positioned far from the genes being regulated. Distances can be kilo base pair or 
mega base pair from genes controlled in cis, and elements can also be on different 
chromosomes, affecting expression in trans. Elements can function as enhancers to 
elevate gene expression, as silencers to repress expression, or as insulators (boundary 
elements) to block the influence of an enhancer or propagation of heterochromatin 
in cis. In addition, scaffold- or matrix-attachment regions (S/MAR) help sustain the 
partition of eukaryotic chromosomes into independent topological domains and 
thereby contribute to the regulation of gene expression.

To date, there has been no simple method to directly identify long-range regulatory 
elements. Because of their DNA sequence diversity and distant location from the 
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transcripts they regulate, it has been difficult to make reliable computational 
predictions. Although certain validated common features such as hypersensitivity to 
DNase I may be present these are not universal. Multiple unique properties including 
ATC-enriched sequence segments, base-unpairing regions (BURs) and stress-induced 
DNA duplex destabilization (SIDD) have been identified in certain S/MARs. 
However, there remain many discrepancies between the computational predictions of 
S/MARs within genomic sequences and the experimental observations [1–3]. That 
our present capacity for recognition of distant regulatory sequences is rudimentary at 
best is illustrated by the fact that many such sequences have been identified as a result 
of clues from highly penetrant human monogenic disorders. For example, some cases 
of b-thalassemia result from the translocation of the locus control region (LCR) of the 
b-globin gene cluster away from the adjacent genes [4]. Genetic investigations of 
aniridia, a congenital eye malformation, led to the discovery of one downstream 
regulatory region (DRR) of the PAX6 gene located 130  kb from the transcript it 
controls [4]. The identification of regulatory sequences ~1 Mb from the sonic hedgehog 
(SHH) gene was similarly a consequence of the genetic study of limb developmental 
malformation in preaxial polydactyly (PPD) cases [4].

Experimental verification and fine structure dissection of distal regulatory 
sequences typically rely on reporter assays in cultured cells. More realistic animal 
models have been generated to reveal how structural alterations in such sequences 
modulate their target genes. Recent experimental advances have been made in the 
identification of chromosomal regulatory elements by detailed accounting of 
transcription factor-binding sites. In particular, ChIP on chip and chromosome 
conformation capture (3C) assays [5–7] provide powerful tools to elucidate the 
interaction between long-range regulatory elements and their regulated genes. 
Advances in 3C technology [8–11] have paved the way for explorations of novel 
interactions and chromatin organization.

14.2 � Establishment and Regulation of Long-Range  
Chromatin Interactions

14.2.1 � The Importance of DNA Looping  
in Establishment of Long-Range Intrachromosomal  
and Interchromosomal Interactions

The underlying mechanisms by which long-range regulatory elements modulate 
cellular gene expression have been sought for many years. Tracking, linking, and 
looping models have been proposed [12–14]. Because of technical limitations, little 
direct evidence had been presented to confirm or refute these proposals. Recently, 
RNA-Trap (tagging and recovery of associated proteins) methods [15], 3C, and 
related new technologies such as 4C, 5C, 6C, and QACT [5, 8–11, 16, 17] have 
been used to reveal higher order chromatin organization patterns in three-dimensions. 
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These data suggest that DNA looping plays a critical role in the establishment of 
long-range chromatin interactions.

DNA loops were first proposed many years ago [18]. Initially, it was believed 
that DNA loop formation was associated with efficient gene transcription. For 
decades, this relationship remained enigmatic. With increased understanding, the 
focus on chromatin structural influences on gene expression switched from linear 
control to three-dimensional control, as an accounting for both the physical and 
biological interactions between genes and regulatory elements. The notion of the 
“active chromatin hub (ACH)” has been proposed in connection with the regulation 
of the b-globin gene cluster to explain how the LCR interacts with different devel-
opmentally regulated globin genes through looping out of the interposed chromatin 
and gene activation in successive developmental stages [19, 20]. An a-ACH was 
identified in the a-globin gene cluster in erythroid cells but not in nonerythroid 
cells [21]. In addition, a cluster of housekeeping genes flanking the a-globin gene 
region was discovered to form a compartment-specific transcription factory to favor 
the expression of these genes in erythroid cells. In nonerythroid cells, the a-ACH 
is dissociated with this transcription factory and elevated expression is not observed 
[21]. At the insulin-like growth factor 2 (Igf 2)/H19 locus, parent-specific active and 
repressive chromatin compartments are apparently organized by linking different 
differentially methylated regions (DMRs) [22–24]. Another “prerepressive chromatin 
hub (pre-RCH)” formed by long-range interaction has been delineated at the GATA-4 
locus in undifferentiated Tera-2 cells. The pre-RCH dissociates when GATA-4 is 
upregulated in retinoid-induced differentiating Tera-2 cells [25].

Modified 3C methods such as 4C, ACT, and QACT offer the prospect of identi-
fying unknown interaction fragments [9, 10, 16, 26, 27]. Using these methods, 
interchromosomal (trans) interactions have been found to be important for control-
ling gene expression in some cases. For example, one allele of the Igf 2/H19 
imprinting control region (ICR) on chromosome 7 has been found to be colocalized 
with one allele of Wsb1/Nf1 on chromosome 11 [27]. The disruption of this association 
by deletion of ICR or knockdown of CTCF alters Wsb1/Nf1 expression [27]. More 
recently, it has been shown that interchromosomal interaction is involved in olfactory 
receptor (OR) selection [28]. The results of 3C and fluorescent in situ hybridization 
(FISH) demonstrate that there is a specific association of an enhancer element, H, 
on chromosome 14 with multiple OR gene promoters on different chromosomes. 
The H enhancer interacts with only a single OR allele transcribed in a given sensory 
neuron [28]. In addition, using three-dimensional FISH, it was found that transient 
colocalization of two Xics (X-chromosome inactivation centers) occurs prior to 
X-chromosome inactivation. Interaction is controlled by a long-range element 
located at the 3¢ end of the noncoding transcript Tsix [29]. Thus X-chromosome 
homologous pairing may preclude X-chromosome inactivation.

The preceding data suggest that spatially, temporally, and quantitatively regulated 
gene expressions not only require the integrity of local regulatory regions and protein-
coding sequences, but also the correct chromatin organization and nuclear compart-
mentalization. This implies the need to further investigate higher order chromatin 
architecture including how it is organized and reorganized to modulate gene expression.
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14.2.2 � Roles of DNA-Binding Proteins in Long-Range 
Chromatin Interactions

Recent advances have made it possible to better understand the relationship between 
chromatin organization and gene regulation. The concepts of three-dimensional regulation 
have resulted from studies using the chromosome conformation capture (3C) assay, 
ChIP-loop assay, and other novel approaches. These results suggest that DNA loops 
bring distal DNA sequences into close proximity at several loci including globin genes 
[19–21], Igf2/H19 [22–24, 30], HoxB1 [31], Th2 cytokine loci [32–34], Dlx5/Dlx6 [35], 
and MHC class-I loci [36, 37]. Studies are unraveling the chromatin “loopscape” and 
revealing mechanisms by which chromatin organization is dynamically modulated in 
response to differentiation and development stimuli. Two proteins, special AT-rich binding 
protein 1 (SATB1) and CCCTC-binding factor (CTCF) [38, 39], have been identified 
as global regulators in the processes of chromatin folding.

SATB1, a protein highly expressed in thymocytes but found broadly in most 
tissues, shows a “cage-like” nuclear distribution circumscribing the heterochromatin 
[32]. As a cell type-specific chromatin organizer, it recognizes a specialized MAR 
DNA sequence containing BURs characteristic of ATC-enriched sequence [32, 40]. 
SATB1 is thought to tether these DNA sequences in a folded conformation by anchoring 
them on the nuclear matrix [36]. To date, hundreds of SATB1-binding sites have been 
identified and nearby genes have been found to be dysregulated in SATB1-deficient 
thymocytes. SATB1 is ~800 amino acids in length and comprises a C-terminal home-
odomain (HD) and two CUT domains that mediate high-affinity MAR DNA-binding 
activity in the MAR-binding domain (MBD) [41]. The N-terminal PDZ-like domain 
(PVPLS motif) may serve as an interface to interact with other partner proteins and/
or aid in the homodimerization of SATB1 that is essential for DNA binding [42–44]. 
Additionally, posttranslational modifications afford SATB1 another level of complexity. 
It was demonstrated that phosphorylation and acetylation of SATB1 have opposite 
effects on transcription, leading to activation and repression, respectively [45, 46]. 
SATB1 regulates globin gene expression during erythroid differentiation [47], an 
effect that is mediated by remodeling of the local chromatin architecture. SATB1 
binds to MARs in the LCR and the e-globin promoter and influences the anchoring 
of the local chromatin [47, 48]. Its interactions with the poised b-ACH may be realized 
by association with CREB-binding protein, which possesses histone acetyltransferase 
activity, and by similarly influencing deacetylation during erythroid differentiation 
[47, 48]. Study of the role of SATB1 in regulating the coordinated expression of Th2 
cytokine genes has revealed that it plays a central role in compacting the 200-kb 
cytokine locus into higher order transcriptionally active chromatin structure upon Th2 
cell activation by working together with signaling proteins STAT4 and STAT6 and 
transcriptional factors GATA-3 and c-Maf [32]. In contrast, by using an IL2 or c-Myc 
promoter-derived luciferase reporter-based assay, it was found that SATB1 can 
mediate transcription repression through acetylation-dependent interaction with 
CtBP1 [46]. Further investigation will doubtlessly unravel the role of SATB1 in mediating 
the formation of repressive chromatin architecture. Previously, SATB1 was shown to 
act as a “docking site” for several chromatin-remolding enzymes including ACF, 
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ISWI, and HDAC1, which are implicated in suppressing gene expression through 
histone deacetylation and nucleosome remodeling at SATB1-bound MARs. Most 
recently, dual regulator roles of SATB1 were suggested by studies of the MHC class-I 
locus [39]. By cooperating with the promyelocytic leukemia (PML) oncoprotein, 
MAR-bound SATB1 can dynamically regulate the chromatin loopscape of the MHC 
class-I locus to alter gene expression within the locus [36, 37]. This suggests that 
SATB1 is a global regulator of long-range chromatin interactions in nuclei.

The universally expressed CTCF protein is an evolutionarily conserved 11-zinc 
finger transcriptional regulator that acts as a multifunctional regulator to control gene 
expression. CTCF binds DNA with different zinc finger subsets and interacts with 
different partner proteins [38]. Increasing evidence supports the view that CTCF is an 
important structural protein in the formation of chromatin loops and higher order 
chromatin organization. CTCF is associated with the nuclear matrix and the nuclear 
pore complex (NPC) [49, 50]. It recognizes insulator or boundary elements and may 
function together with other nuclear proteins such as nucleophosmin/B23, lamins, 
LAP2b, and Nu93 to tether chromatin to the nuclear periphery and position the 
promoter and nearby regulatory elements in a separate chromatin loop [49, 50]. 
Revealing insights have emerged from the study of CTCF-mediated parent-specific 
chromatin loop organization in the Igf2/H19 locus. CTCF binds to the unmethylated 
maternal allele of the ICR in maternal cells and forms long-range intrachromosomal 
loops by interaction with differential methylated region 1 (DMR1) upstream of Igf2. 
This causes an enhancer blocking function by segregating the enhancers upstream of 
the H19 and Igf2 promoters into different chromatin compartments [22]. In addition to 
its enhancer blocking function, CTCF may prevent the spreading of DNA methylation 
on chromatin to maintain the boundaries between heterochromatin and euchromatin, 
thereby protecting gene expression [51]. These data suggest that CTCF is an important 
protein that facilitates the organization of genes and their regulatory elements into 
distinct compartments that govern their transcriptional status.

14.2.3 � Potential Roles of Transcription Factors, Histone 
Modifications, and Noncoding RNAs

In addition to the two global bridge proteins described above, cell-specific, tissue-
specific, or developmental stage-specific transcription factors, coactivators, and core-
pressors all play roles in long-range chromatin interactions. Often charged with unique 
physiological functions, these factors may be suitable targets for therapeutics to treat 
human diseases. However, many aspects of their roles in the establishment and mainte-
nance of chromatin organization remain to be explored. Within the globin gene clusters, 
the erythroid-specific transacting factors, EKLF, GATA-1, FOG, and MafK/NF-E2, are 
indispensable factors that recruit active b-like globin genes to the ACH [52–55]. It is 
also known that chromatin remodeling and histone-modifying enzymes are recruited to 
transcriptionally active promoters [44, 56, 57], coupling the establishment of chromatin 
loop structure to promoter activation and pointing to an important functional link 
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between cis regulatory sequences and the factors that bind them to the chromatin 
three-dimensional structure. One of the best-studied examples of cooperation between 
histone modification and large-scale chromatin architecture can be found in the CTCF-
mediated formation of long-range intrachromosomal loops. Polycomb repressive 
complex 2 is recruited through the interaction of CTCF with Suz12, leading to allele-
specific H3K27 methylation and to the suppression of maternal Igf2 expression [56].

Although there are many examples of histone modifications associated with 
transcriptional regulation, it is difficult to distinguish whether they reflect causes or 
consequences in the orchestration of gene expression. Although chromatin looping 
at specific gene loci has been discovered, more effort is needed to explore the 
underlying mechanisms by which the global chromatin architecture is established, 
dynamically regulated, and maintained in different environments.

Increasing attention has also been paid to the multiple roles of noncoding RNAs. 
Noncoding transcripts may be associated with long-range chromatin interactions in 
cells. Noncoding transcripts have been predicted to cover ~60–70% of genome [58]. 
Approximately 72% of genome-mapped transcription units have antisense transcript 
counterparts [58–60]. In addition to functional noncoding RNAs like tRNA, rRNA, and 
snRNA, regulatory short noncoding RNAs such as siRNA, microRNA, and piwi-RNA 
are being intensively studied. Regulatory noncoding RNA distinct from the typically 
21–31 nucleotide transcripts includes the larger noncoding RNAs ranging in length 
from 100 bp to several hundred kilo base pairs. Much of what we know about such regu-
latory RNAs comes from investigations of the noncoding Xist, Tsix and repA RNAs in 
X-chromosome inactivation [61, 62] and from kcnq1ot1 transcripts in KCNQ1 gene 
imprinting [63]. The mechanisms of noncoding transcripts in gene imprinting involve 
long-range chromatin reorganization in the nucleus. X-chromosome inactivation during 
female embryonic development involves the coating of one X-chromosome by Xist 
transcripts and heterochromatinization [64, 65]. The noncoding repA RNA within Xist 
can recruit PRC2 to the X through Ezh2, acting as the RNA-binding subunit. The anti-
sense Tsix RNA inhibits this interaction. RepA depletion abolishes full-length Xist 
induction and trimethylation on lysine 27 of histone H3 of the X [62], suggesting its 
contribution to higher order chromatin organization at the X-inactivation center.

14.3 � Biological Functions of Long-Range Chromatin 
Interactions in Cells

14.3.1 � Cell Type-Specific, Differentiation-Specific, 
or Development-Specific Gene Expression

Development and differentiation are based on the regulated transcription of subsets 
of genes at appropriate times and locations. This complex regulation is mediated 
through cis-elements and their interaction with trans-factors. In contrast to the regu-
latory architecture of lower eukaryotic organisms such as yeast, the genomes of 
higher eukaryotic organisms contain huge numbers of regulatory elements dispersed 
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over large genomic distance and only a small part of the genome encodes proteins. 
Understanding these long-range phenomena will be crucial for the appreciation of 
biological functions of genes under different physiological circumstances.

The globin gene loci are ideal models for the dissection of tissue- and development-
specific expressions under the control of long-range chromatin interactions. Topological 
data have shown that tissue-specific globin gene expression is realized through the 
influence of the erythroid-specific ACH [20, 21, 66]. Switching expression from fetal- 
to adult-specific globin genes involves reconfiguration of the ACH leading to contact 
of the LCR with either fetal or adult globin gene promoters [19, 52]. Likewise, by 
changing higher order chromatin conformation, cytokine genes including Il4, Il5, and 
Il13 spanning a cluster of 120 kbp on chromosome 11 are activated during T-cell 
differentiation. The expression of these cytokine genes is under the control of a LCR, 
which is located 15 kbp upstream of Il13 and 60 kbp downstream of Il5 [67, 68]. The 
3C analysis has revealed a complex looping structure in this region [33]. In contrast to 
the looping structure of the globin loci, the promoters of Il4, Il5, and Il13 all associate 
first in a “prepoised” hub in cells of the T-lineage, regardless of expression of the 
genes. During differentiation in T-cell and NK cell lineages, the LCR are recruited and 
the “prepoised” hub switches to a “poised” hub [33]. This structure is observed in all 
cells from the T-cell lineage, irrespective of the expression of the cytokine genes. 
LCR–promoter interactions become more significant with the expression of the 
cytokine genes in Th2 cells [33]. The unique looping structure is thought to allow a 
rapid induction of transcription upon Th2-cell activation.

In mammalian cells, the GATA-4 locus has been investigated by using 3C and ChIP 
[25]. The authors suggest that this locus poses a pre-RCH in undifferentiated Tera-2 
cells, which can be recognized by the presence of RNA PolII at the start site. GATA-4 
is expressed at a low to medium level in these cells [25]. However, the hub is also 
characterized by the PcG proteins and the H3K27me3 mark at loop intersection points 
and the embedded gene [25]. The PcG-associated hub is thought to provide a structure 
base for an efficient and flexible transcriptional repression in embryonic cells that can 
be reverted to an active conformation during differentiation.

Taken in combination, the results above provide compelling examples of the 
intricate network of interactions that can occur among genes and regulatory elements 
to drive cell type-specific and developmental stage-specific gene expressions. With 
the application of 3C technology, more examples of gene regulation by modulation 
of chromatin conformation are being added to the list. Recent cases include the 
MHC loci in lymphocytes [36], Ifng gene in T-helper cells [69], the IgH and Igk 
loci in B cells [70], Ciz1-Lcn2 locus in glucocorticoid receptor activation [71], and 
HoxB [31] and some olfactory receptors [28].

14.3.2 � Gene Imprinting and X-Chromosome Inactivation

It has been shown that long-range chromatin interactions are also involved in gene 
imprinting. At the imprinted Igf 2/H19 locus on chromosome 7, Igf 2 is expressed 
paternally and H19 is expressed maternally. The loci are separated by approximately 
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100 kbp. DMRs in Igf 2 and H19 regulate the reciprocal expression of the two genes 
by allowing them exclusive access to a shared set of enhancers [23]. On the maternal 
chromosome, two connected DMRs form an inactive chromatin loop. Igf 2 gene is 
placed within this negative chromatin loop preventing its promoter from interacting 
with the downstream enhancer and thereby keeping the maternal Igf 2 in a silent 
state [23]. This chromatin structure enables the maternal H19 gene to make contact 
with the enhancer for active transcription. Deletion of either of two DMRs leads to 
activation of maternal Igf 2 transcription [23]. Moreover, a maternal allele-specific 
insulator is also found to participate in the long-range interaction. The ICR bears 
insulator activity and interacts directly with the maternal silenced Igf 2 promoter 
and enhancer blocking activation of the maternal Igf 2 gene. These studies indicate 
that long-range chromatin interactions can be involved in imprinting.

Mammalian dosage compensation involves silencing of one of two X chromo-
somes. Counting X chromosomes (counting) and selecting which X chromosome is 
to be inactivated in female cells (choice) are important events in mammalian cell 
differentiation. It has been demonstrated that the Xic controls these events and, in 
particular, the three noncoding RNAs Xist, Tsix, and RepA, conspire with long-range 
control elements in the Xic to differentially treat X chromosomes [62, 64, 65]. Recent 
studies suggest that both cis and trans long-range chromatin interactions are involved 
in X-inactivation [72]. A segment of the mouse Xic that lies several hundred kilo base 
pairs from Xist brings the two Xics together before the onset of X-inactivation [29]. 
This region can autonomously drive Xic trans-interactions even as an ectopic single-
copy transgene [29]. Deleting Xite and Tsix perturbs pairing and counting/choice, 
whereas autosomal insertion induces de novo X-autosome pairing. Ectopic X-autosome 
interactions inhibit endogenous X–X pairing and block the initiation of X-chromosome 
inactivation. Thus, Tsix and Xite can function both in cis and in trans [29]. The 3C 
method has been used to map the higher order chromatin structure of Xic locus. The 
resulting data indicate that Xite makes looping interactions with Tsix and Xist associ-
ates with a novel noncoding gene Jpx/Enox [72]. These regions interact in a develop-
mentally specific and sex-specific manner that is consistent with a regulatory role in 
XCI. Dynamic changes in three-dimensional chromatin architecture possibly lead to 
formation of separate chromatin hubs for Tsix and Xist that together regulate the 
initiation of X-chromosome inactivation.

14.4 � Methods Used in Studying Long-Range  
Chromatin Interactions

14.4.1 � 3C

In eukaryotic nuclei, the transcription of genes is often controlled by regulatory 
elements that are located far from target promoters in cis or even on different 
chromosomes in trans.

Long-range cis- and trans-interactions can be studied at high resolution using 
chromosome conformation capture (3C) technology.
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Basic 3C technology involves five steps (Fig. 14.1) [5]: (1) fixation – protein–protein 
and DNA–protein interactions are cross-linked with formaldehyde in living cells; 
(2) restriction digestion – the cross-linked chromatin is digested with restriction 
enzymes to release DNA–protein complex and create DNA fragments with cohe-
sive termini; (3) selective ligation – digested chromatin is diluted and ligated and 
low DNA concentration favors intramolecular ligation; (4) cross-link reversal; and 
(5) DNA purification – the final purified DNA serves as the 3C template. The tem-
plate is then analyzed by PCR, microarray hybridization, or sequencing.

Because a very low DNA concentration favors intramolecular ligation, the abun-
dance of a particular ligation product of two DNA fragments reflects their spatial 
distance after cross-linking, rather than genomic linear distance. To analyze the 3C 
template by qPCR, a control template is generated. The basic steps of control 
template DNA preparation are (1) purification of genomic DNA or BAC clone DNA 
contains the genomic DNA region of interest; (2) complete restriction digestion with 

P
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P
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Agrose gel detection

PCR amplification with
specific primers

Multiplex oligo anealing
and ligation

PCR amplification with
universal primers

High-throughput sequencing
or microarray

Crosslinking and digetion
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Unknown sequence Unknown sequence

Known sequence
Reverse crosslinking

Known sequence
Reverse crosslinking

Known sequence

Known sequence
Pulling down by antibody
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Known sequence
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Reverse crosslinking

Reverse crosslinking
and purifiy

Subcloning into vector and
screening by digestion and
sequencing
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Subcloning and sequencing
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A B A B B A

AB

Digestion with B
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Fig. 14.1  Schematic flow chart of 3C, 5C, 4C, and 6C procedures. All assays start with formalde-
hyde cross-linking of living cells, digestion with the proper restriction enzyme, and intramolecular 
ligation. In the conventional 3C assay, ligated macromolecules undergo reversal of cross-links and 
are then amplified by specific primers to probe the conformation of the genomic region of interest. 
The 5C assay starts with 3C ligation library and adds a MLPA (multiplex ligation-dependent probe 
amplification) procedure to generate a 5C library for high-throughput sequencing or microarray 
hybridization analysis. In the 4C assay, circular ligation products are generated either after digestion 
with frequent cutting secondary restriction enzyme B (different from the enzyme A used in the 3C 
assay) and religation or by prolonged ligation time in the 3C assay. The resulting circular DNA 
molecules can be amplified by inverse PCR using divergent bait-specific primers. The PCR 
products are characterized by microarray hybridization or by quantitative sequencing to identify the 
unknown interacting DNA fragments. The 6C assay combines 3C with ChIP. Cross-linked DNA is 
immunoprecipitated using a specific antibody followed by cloning and sequence analysis
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the same set of restriction enzymes used for 3C template preparation; (3) random 
ligation – the restriction digested DNA is ligated at a high DNA concentration; and 
(4) DNA purification – the 3C control DNA contains equal amounts of all possible 
ligation products, allowing for normalization of PCR amplification efficiency.

The amount of ligation product in the 3C and control DNA templates is deter-
mined by qPCR. The ratio of these two yields is a quantitative measure of the 
frequency with which the two corresponding DNA fragments interacted inside the 
nucleus in vivo. The spatial organization of the chromosomal region can be recon-
structed by comparing the interaction frequencies among a number of restriction 
fragments throughout this region. It is important to note that 3C analysis reflects 
only a steady-state average measurement of a large population of cells.

14.4.2 � 5C

The 3C–carbon copy (5C) method [17] is a strategy based on 3C to allow large-scale, 
locus-wide analysis. In this method (Fig. 14.1), ligation junctions are selectively ampli-
fied by multiplex LMA (ligation mediated amplification), generating a quantitative 
carbon copy of a part of the initial 3C library. The amplification product can then be 
analyzed by microarray hybridization or high-throughput sequencing. LMA is widely 
used to detect and amplify specific target sequences using primer pairs that anneal next 
to each other on the same DNA strand. Only primers annealed next to each other can 
be ligated. The 5C primer pairs are designed to anneal across ligated junctions of head-
to-head ligation products in the 3C library generated by the conventional approach. 
Once 5C primer pairs are annealed next to each other, nicks are ligated by Taq ligase. 
This step generates a 5C library that is a quantitative “carbon copy” of a part of the 3C 
library. Each 5C primer is designed to contain a unique sequence corresponding to the 
sense or antisense strand of the 3¢-ends of restriction fragments. Since predicted 
forward and reverse primers for each restriction fragment are complementary, only one 
primer, either a forward or a reverse, can be used in a given 5C experiment. The primers 
also contain universal tails. The 5C library is further amplified with universal PCR 
primers that anneal to these universal tails. The final 5C library can be used for high-
throughput analysis such as microarray hybridization or sequencing. The 5C technology 
allows analysis of a locus from multiple fixed points, permitting reconstruction of the 
intricate topology of the region being studied. Nevertherless, considering the big size 
of genome and the required huge number of 5C primers, it remains very difficult to 
perform genome-wide analysis by 5C.

14.4.3 � 4C and QACT

The 3C, 5C, and 6C technologies have been developed to analyze the interactions 
of known genomic elements. To identify unknown interactors with known baits, 
several related strategies have recently been developed. These methods create 
circular ligation templates by complete ligation of restricted chromatin DNA, so 
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they are collectively termed circular 3C (or “4C”) [10, 26]. Circular DNA templates 
then are amplified with two inverse primers designed to anneal to the known 
sequence (bait) within the circle.

In principle, there are two strategies to obtain circular DNA templates (Fig. 14.1). 
One strategy is to further decrease the DNA concentration and extend reaction time 
of the ligation step of 3C to enable both ends of restriction fragments to be ligated, 
forming a closed circular DNA template. During this step, the DNA is still cross-
linked. After reversal of cross-links and purification, inverse amplification of the 
circular DNA from the known region is followed.

A second strategy generates circular DNA after reversal of cross-links and 
purification in 3C (Fig. 14.1). Ligation junctions are digested by a frequent cutting 
secondary restriction enzyme to create DNA fragments ~4  kbp in length. The 
resulting fragments are religated under conditions that favor the formation of self-
ligated circles. A specific method termed quantitative-associated chromatin trap 
(QACT) [16] generates the QACT library through nested inverse PCR of 3C template 
DNA. The QACT DNA is used to create 19/20  bp tags of the unknown RCFs. 
Those tags are self-ligated to form a concatemer library. In both strategies, 4C 
products can be analyzed by either large-scale sequencing or microarray analysis.

14.4.4 � 6C

A novel 6C method involves the traditional 3C, ChIP, and a cloning procedure in a 
process termed combined 3C–ChIP–cloning (6C) [11]. This approach is used to 
identify the relationship between a particular protein factor and long-range chromatin 
interactions. The 6C assay (Fig. 14.1) begins with the usual 3C procedure. At the 
end of the 3C procedure, instead of de-cross-linking, the ligated chromatin is 
subjected to ChIP using an antibody against a protein of interest, typically the 
suspected “bridging protein.” After immunoprecipitation, DNA cross-linking is 
reversed and DNA is purified. The purified DNA is ligated into a vector-containing 
cohesive DNA termini compatible with those generated in the 3C assay. This allows 
cloning of the 3C fragments immunoprecipitated by the antibody. Clones are 
screened by digestion with the same restriction enzyme that was used for the 3C 
assay and then sequenced from the both ends of the vector. Clones containing 
multiple fragments suggest the identity of the interacting partners. At the same time, 
each step in the procedure is monitored by controls run in parallel for 3C, ChIP, and 
cloning steps.

14.5 � Perspective

Functional genomics allows exploration of the often elaborate gene expression regula-
tory patterns in cells. The concept of transcriptional regulation has been extended from 
linear DNA components to a three-dimensional nuclear organization. With the 
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accumulation of knowledge about gene expression regulation, chromatin “loopscapes” 
and the chromatin “interactome” have been proposed to explain the complex interaction 
network in cell nuclei. With development of these technologies and advances in 
systems biology, further advances may reveal the entire chromatin “loopscape” in 
cells, deciphering the code of the chromatin “interactome” and annotating biological 
function during differentiation and development.
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