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Preface

Cardiovascular disease continues to be the leading global cause of death. The number of
patients suffering from these diseases is expected to further grow in the next decade due to
the aging population worldwide as well as lifestyle changes in developing countries. Thor-
ough research is ongoing to combat these diseases; however much remains to be elucidated
before we fully understand the fundamental pathophysiological processes. Meanwhile, new
therapeutic approaches are being actively explored in various areas including pharmacologi-
cal, cell, gene, and device therapies. Common to both of these research areas is the
importance of designing appropriate and reproducible experiments. Among the various
factors, the disease model is the essential element that determines the quality and efficiency.
Accordingly, employing appropriate experimental models is the key to obtaining successful
and reproducible results.

The aim of this book is to provide methodological information on establishing reliable
and reproducible experimental models of cardiovascular diseases. Practical and detailed
protocols from expert laboratories will facilitate researchers in conducting experiments
that focus on cardiovascular diseases, which will eventually lead to novel discoveries in
cardiac biology and the development of effective therapeutic approaches.

I thank all expert authors for their dedication in describing detailed step-by-step
methodologies that will help other researchers to reproduce their useful experimental
cardiovascular disease models. We hope that the readers find Experimental Models of Car-
diovascular Diseases: Methods and Protocols a useful reference for conducting and improving
their projects.

New York, NY, USA Kiyotake Ishikawa
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Part I

Overview



Chapter 1

Experimental Models of Cardiovascular Diseases: Overview

Jae Gyun Oh and Kiyotake Ishikawa

Abstract

Cardiovascular disease is one of the most common causes of deaths in clinics. Experimental models of
cardiovascular diseases are essential to understand disease mechanism, to provide accurate diagnoses, and to
develop new therapies. Large numbers of experimental models have been proposed and replicated by many
laboratories in the past. Models with significant advantages are chosen and became more popular. Particu-
larly, feasibility, reproducibility, and human disease resemblance are the common key factors for frequently
used cardiovascular disease models. In this chapter, we provide a brief overview of these experimental
models used for in vitro, in vivo, and in silico studies of cardiovascular diseases.

Key words Animal model, Myocardial infarction, Cardiomyocyte, Electrophysiology, Modeling,
Pulmonary hypertension, Heart failure, Left ventricle, Rodents, Large animals

1 Introduction

Prevalence of cardiovascular disease (CVD) has been increasing
worldwide, and the recent report from AHA (Heart Disease and
Stroke Statistics—2017 Update) [1] indicates over 90 million US
adults have at least one CVD, which is expected to increase more in
a rapid pace. Extensive research focusing on prevention, diagnosis,
and treatment of CVD has improved outcomes of patients with
CVD; however, efforts continue to improve further. Importantly,
bench science has been the driving force for this achievement and
will continue to play major roles in future research.

Various models of CVD have contributed to new therapeutic
discovery and identification of disease pathophysiology. In vitro
models allow fast, efficient, and controllable experiments using
cells or tissues. In contrast, in vivo models allow evaluation of
mechanisms and therapeutic efficacy in more complex biology sys-
tem. Recent advances in computation and software also enabled
reliable in silico modeling of CVDs. To provide an overview of
these models that aim at simulating human CVD, this chapter
concisely reviews experimental models of CVD. Detailed protocols

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
vol. 1816, https://doi.org/10.1007/978-1-4939-8597-5_1, © Springer Science+Business Media, LLC, part of Springer Nature 2018
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to produce these models are provided in the following chapters of
the book (Experimental Models of Cardiovascular Diseases), and
the relevant chapter numbers are included as references.

2 In Silico Models

Recent advances in computing and technology now enable various
approaches to model diseases in silico. By integrating data of key
elements obtained from experiments, these models can help under-
stand complex and dynamic biology as a system, offer high-
throughput and efficient analysis, and provide novel insights into
biological mechanisms. For example, cardiomyocyte action poten-
tial has been successfully modeled by integrating data from respec-
tive ion channel properties and contributed to understanding the
impact of genetic disorders of each ion channels or effect of drugs
[2]. These data can be further applied to more complex systems
such as tissue or organ level electrophysiology (Chapter 2).
The myocardial contraction was modeled using various methods
such as finite-element analysis [3] and provided a spectrum of new
mechanistic insights. Cardiac contractility as a part of systemic
hemodynamics has been modeled using pressure–volume loop
concept [4] and is a useful approach to estimate and understand
how interventions affect these factors. Furthermore, similar to
other areas of research, computational approaches are the main
drivers of analyzing mass data and extracting important biological
information. As the technologies advance, in silico approaches are
expected to become more powerful and may replace many of
in vitro and in vivo experiments in the future.

3 In Vitro Models

The key advantages of in vitro modeling systems are the availability
of a large number of cells and precise control of experimental
conditions that provide ability to efficiently conduct signaling path-
way studies, cell-specific mechanistic studies and high-throughput
drug screenings. Primary isolated cells and immortalized cell lines
have contributed enormously in improving our understandings in
the molecular and physiological regulation of cardiovascular sys-
tem, and recently, human embryonic and induced pluripotent stem
cell (ESC and iPSC, respectively) derived cells joined these reper-
toires, offering new in vitro approaches to study cardiovascular
diseases.

3.1 Primary Isolated

Cardiomyocytes

Neonatal cardiomyocytes, which are commonly isolated from 1- to
5-day-old rats, are one of the most popular in vitro model systems
of cardiac function and disease. These cells are relatively easy to

4 Jae Gyun Oh and Kiyotake Ishikawa



isolate and culture, while offering feasible manipulation of gene
expression profiles [5]. Various types of pathophysiological stimu-
lations can be applied on neonatal cardiomyocytes, all mimicking
in vivo cardiac pathology. Cardiac hypertrophy is induced by drugs
such as norepinephrine [6], angiotensin II [7], and endothelin-1
[8]. Mechanical stretch can be applied directly on cells to simulate
cardiac volume overload associated myocardial stretch [9]. In addi-
tion, ischemia–reperfusion is replicated by hypoxia–reoxygenation
[10] or oxygen-scavenging compound (e.g., Na2S2O4) treatments
[11]. These stimulations often lead to cellular responses that closely
represent cardiomyocyte changes in vivo setting, such as hypertro-
phy, apoptosis, autophagy, and fetal gene expression, rendering
them a reliable model of cardiac diseases. Notwithstanding, imma-
ture morphology [12] and some dissociation in gene expression
profiles compared to adult cardiomyocytes [13] are limitations of
this cell type.

In contrast, adult cardiomyocytes (Chapter 3) more closely
represent morphology as well as the behavior of cells in the intact
human heart. Cells can be isolated from animal hearts of different
age, sex, and species including human using enzymatic digestion
protocols. Additionally, cardiomyocyte isolation from transgenic
animals and diseased animals allow for a wide spectrum of experi-
ments focusing on gene function as well as pathological stimuli.
Most notably, thanks to the mature sarcomeric structure and ion
channels, these cells also bear sophisticated experimental
approaches such as patch-clamp [14], contractility measurements
(Chapter 7) [15], and Ca2+ imaging studies [16, 17]. Technical
difficulties in isolation procedures and culture are the limitation of
this cell type. However, above invaluable advantages motivate
researchers to continue working on these cells, and they remain
one of the most frequently used models for in vitro cardiac research.

3.2 Immortalized

Cell Lines

To overcome the limited culturing ability of primary cardiomyo-
cytes [18], efforts have been made to establish immortalized car-
diac cells. Representative cardiac immortalized cell lines include
H9c2 [19], ANT-T-antigen [20], AT-1cells [21], MC29 [22],
HL-1 [23], and AC16 [24]. These cells originate from cardiac
cells and thus retain similar gene expression profiles and phenotypic
characteristics of their origin. For example, H9c2 cells are derived
from myoblast cell line, which was isolated from embryonic BDIX
rat ventricular tissue, and AC16 cells from human ventricular tis-
sues (by fusion with SV40 transformed human fibroblasts). Cell
line-specific features and limitations need to be well recognized
when using these cells, and validation in other cardiac models is
likely necessary. Nevertheless, feasibility in culture and ability to use
cells after freeze-thaw cycles render them a useful in vitro modeling
system.
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3.3 ESC and iPSC

Derived

Cardiomyocytes

Cardiomyocyte-like cells can be induced from pluripotent stem
cells such as ESCs (Chapters 4 and 5) and iPSCs (Chapter 6).
There is a recent surge on use of these cells as tools for modeling
cardiac diseases in vitro. The key advantage is that these cells can be
obtained from patients without excising the actual heart. This
enables application of cardiac precision medicine by taking into
account the individual variability of genomic profiles. Examples
include mechanistic studies of gene disorders [25] and screening
of potentially harmful drugs that can induce QT prolongation or
cardiotoxicity [26]. Challenges remain, however, in cost and effort
extensive methods to create these cells as well as physiologically and
structurally immature cell status after induction. When these lim-
itations are addressed by new approaches, stem cell-derived cardi-
omyocytes may become the primary choice of cell type for the
majority of in vitro research.

3.4 In Vitro Models

of Vascular Disease

Vascular endothelial cells (EC)s and smooth muscle cells (SMC)
s are the two commonly studied cell types when modeling vascular
diseases in vitro. Pathological modifications of these cells in vivo
lead to atherosclerosis, restenosis, hypertension, and aneurysm that
are all tightly connected to cardiovascular deaths. Key signaling
pathways that contribute to these diseases are sought, and at the
same time, methods to enhance angiogenesis are studied using ECs
and SMCs. Primary cells can be obtained by enzymatic digestion of
the vascular tissues from the variety of animals including human.
Unlike cardiomyocytes, they easily proliferate on a culture dish and
well tolerate freeze-thaw cycles, thus offer easier use of primary
cells. Similar to cardiac cell models, ESC and iPSC derived ECs
[27], as well as SMCs [28] have also been developed to model
vascular diseases. Commonly performed mechanistic studies using
these cells include proliferation, migration, contraction, secretion,
and angiogenesis assays. To more closely reflect in vitro setting,
cells are sometimes cultured in flow conditions or cultured together
with other cell types to address cell interactions.

4 Ex Vivo Tissue Models

Although cell-based models offer efficient and fine-tuned experi-
ments focusing on respective cell types, they usually lack in three-
dimensional structure and interactions with other cell types. Ex vivo
models of CVD can be used to overcome this limitation while
maintaining fine-tuned experimental conditions. Majority of previ-
ously proposed ex vivo models use fresh organs explanted from
animals or humans. Whole-heart perfusion using Langendorff sys-
tem (Chapter 8) [29] or inter-animal cross-circulation (Chapter 9)
[30] allows for precisely controlled physiological studies at the
organ level. These approaches played pivotal roles in establishing
the basis of our current understandings in cardiac physiology by
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studying pressure–volume relationships, cardiac work, and myocar-
dial oxygen consumption. Sophisticated studies on cardiac electro-
physiology are also available using Langendorff system
[31]. Optical mapping of Ca2+ sensitive fluorescence probes allows
for detection of cardiac electric activities with high spatial and
temporal resolution in the whole heart as well as in a piece of tissue
that can be artificially perfused (Chapter 10). By changing the
composition of perfusate, tailored experiments with different cir-
culating concentrations of ions or drugs can be examined [32]. In
addition, the impact of ischemia, as well as reperfusion injury may
be studied in these ex vivo hearts by temporally or permanently
ligating the coronary arteries. One limitation of these freshly
explanted organ/tissues is difficulties in maintaining their integri-
ties for long-term. Therefore, these models are mainly used for
acute experiments. In contrast, bioengineering approaches allow
for a chronic culture of tissues for long-term experiments using
tissue engineering techniques from cultured cells [33]. Three-
dimensional structure offers better replication of in vivo physiology
compared to cell cultures. In addition, incorporation of human
iPSC-induced cardiomyocytes allows for experiments on patient-
specific disorders (Chapter 11). Continued efforts on improving
the technique will likely lead to the development of the engineered
whole heart in future.

Similar to the heart, protocols for ex vivo perfusion of vascu-
latures have also been developed [34]. Serial imaging with high
spatial resolution is available using this approach, and may lead to
new discoveries in atherosclerosis research. Atherosclerotic plaque
rupture and thrombosis cause sudden onset disease and can be fatal,
requiring efficient preventive approaches. For evaluating the risk of
thrombosis events and to test the efficacies of antithrombotic drugs
in specific patient, an ex vivo thrombosis model has been developed
(Chapter 12).

5 In Vivo Models

Cardiac function and biology in vivo are meticulously regulated by
interplays of various stimuli from outside the heart, such as hemo-
dynamic, neurohormonal, and inflammatory signalings [35]. These
signals are activated to maintain body homeostasis; however, sus-
tained activation of these signals provokes cardiac pathophysiologi-
cal responses. Importantly, cardiac dysfunction induces activation
of pathological signaling, while these signals deteriorate cardiac
function, thus forming a positive feedback loop in both acute and
chronic settings. To understand the cardiac disease pathophysiol-
ogy and effect of therapeutics in the complex biological system,
in vivo models are essential. A variety of animal models have been
proposed, and we will briefly review commonly used in vivo experi-
mental models in the following sections.
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5.1 Small Animal

Models

Rodent models play pivotal roles in vivo cardiovascular research for
several reasons [36]. These include anatomical similarity to human
heart (four chambers) and vasculatures, easy housing and reason-
able cost, fast gestation and short lifespan, and less ethical concerns
compared to more advanced species. Owing to the established gene
manipulation techniques and feasibility, mouse models offer
in-depth analysis of gene function and disease mechanisms. High
similarity in many genes between mice and human [37], together
with established research tools for detecting gene and protein
expressions in mice render them the most popular in vivo model
system for cardiovascular research. Rat models, on the other hand,
have larger heart and vessel sizes that offer easier surgical manipu-
lation to induce diseases and provide a larger amount of tissues
compared to mouse models. Rats are also physiologically closer to
the human compared to mice.

Apart from transgenic CVD models, the model induction
methods are mostly similar in mice and rats. Surgical manipulation
is more challenging in mice due to its smaller size. However, once
the researchers have become familiar with the necessary skills,
higher throughput research is available in mice. Cardiac ischemia
models include permanent coronary ligation and ischemic–reperfu-
sion, both using similar techniques (Chapter 13). Location and the
length of ligation determine the size of injury as well as survival
after model induction. At the chronic stage, the heart remodels
with systolic dysfunction similar to human after MI [38]. It also
seems that the infarct healing processes are faster in mice than more
advanced species [39]. Another popular method to induce heart
failure is pressure overload using surgical banding of the aorta
(Chapters 14 and 15). In mice, the heart initially becomes hyper-
trophic followed by cardiac dilation and systolic dysfunction at the
later stage [40]. The speed of disease progression depends on the
location of the banding (ascending or transverse) and the degree of
the stenosis. In contrast, latter changes are not always observed in
rats after aortic banding [41]. Drug-induced cardiac disease models
are also commonly employed. Osmotic pumps are used to contin-
uously infuse angiotensin or isoproterenol (Chapter 16) [42], while
cardiotoxicity drugs such as doxorubicin are injected systemically
(Chapter 17) [43]. Injection of monocrotaline can easily induce
pulmonary hypertension in rats (Chapter 18) [44]. In contrast, the
effect of monocrotaline in mice is not very reliable and hypoxia-
induced pulmonary hypertension is more commonly used when
using mice (Chapter 19).

For inducing vascular remodeling, wire injury method
(Chapter 20) [45], as well as balloon inflation methods [46], are
commonly employed. Disruption of endothelium and stretching of
the vasculature with high cholesterol diets induce vascular legions
at the chronic stage. Artery to venous fistula model is also a useful
tool to study venous remodeling (Chapter 21) [47].

8 Jae Gyun Oh and Kiyotake Ishikawa



5.2 Large Animal

Models

Key advantages of large animal models are the similarities in size,
anatomy, and physiology to the human heart. These features enable
research using clinically applicable imaging devices as well as clinical
sized therapeutic devices including the endovascular catheters. Sim-
ilar physiology and more complex immune system compared to
rodents make it easier to predict human responses to new thera-
peutic approaches. A large amount of tissue samples is available at
necropsy and different assays can be conducted in the identical
animal, which is sometimes difficult in small rodent hearts. Limita-
tions of large animal experiments include difficulty in enrolling
a large number of animals due to the cost and space limitations,
higher ethical concerns, and limited research resources such as
antibody and primers. Nevertheless, their important roles in bridg-
ing the bench science to clinical practice for drug development,
testing clinical devices, and evaluating cardiac imaging modalities
make them an essential step before clinical application of these
approaches.

Variety of large animal models have been proposed using dif-
ferent species including pigs, dogs, sheep, rabbits, and nonhuman
primates. To examine any therapeutic or diagnostic approaches in
clinically relevant setting, large animal models should exhibit simi-
lar disease phenotype as the targeted clinical population. Among
the cardiac diseases, ischemia-induced disease models are most
commonly used. Myocardial infarction can be induced by both
catheter-based (Chapter 22) [48] and surgical (Chapter 23) [49]
approaches and provide a reproducible and controllable degree of
systolic dysfunction. Acute studies focusing on reducing the initial
myocardial injury associated with ischemia and subsequent reper-
fusion injury, as well as chronic studies focusing on preventing or
reversing the progressive cardiac dysfunction and remodeling can
be designed using these models. Other ischemic models include
coronary embolization models that develop diffuse cardiac dys-
function (Chapter 27) [50], and chronic ischemia models with
hibernating myocardium [51]. Presence of mitral regurgitation in
post-MI heart is a risk factor for adverse events, and animal models
of this condition have been developed in pigs [52] and sheep
(Chapter 23) [53, 54].

Nonischemic cardiac disease models can be induced by continu-
ous tachypacing (tachycardia-inducedmyopathy) (Chapter 24) [55],
volume overload by valvular regurgitation (Chapter 25) [56] or
artery to venous shunt [57], pressure overload by aortic banding
(Chapter 26) [58] or renal wrapping [59], and cardiac toxic drug
injection [60]. Pressure overload-induced models somewhat resem-
ble clinically common heart failure phenotype; heart failure with
preserved ejection fraction, but the lack of obesity and metabolic
diseases, as well as difficulty in using aged animals, make it challeng-
ing to replicate clinical phenotype completely. Right heart failure
without accompanying pulmonary hypertension can be induced by
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pulmonary artery constriction [61]. Pulmonary embolism model
mimics clinical pulmonary hypertension patients with chronic
thromboembolic pulmonary hypertension (Chapter 28) [62]. Our
group has recently established a post-capillary pulmonary hyperten-
sion model that accompanies right ventricular dysfunction
(Chapter 29) [63]. Together, these models offer options for choos-
ing appropriate pulmonary hypertension models for experiments in
large animals.

A rabbit model of atherosclerosis is a popular vascular disease
model for studying imaging and therapeutics for atherosclerosis
(Chapter 30) [64]. Combination of high-fat diet and balloon injury
to induce vascular lesions are also employed in other species. Aortic
dissection and aortic aneurysm models have also been developed in
large animals [65].

6 Conclusion

All models described above have their own advantages and limita-
tions. It is important for the researchers to design the experiments
based on their solid hypothesis and use appropriate models to
answer their hypothesis. Detailed protocols described in each chap-
ter for creating these models in this book should allow for success-
ful and reproducible experiments.
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Chapter 2

An Introduction to Computational Modeling of Cardiac
Electrophysiology and Arrhythmogenicity

Joshua Mayourian, Eric A. Sobie, and Kevin D. Costa

Abstract

Mathematical modeling is a powerful tool to study the complex and orchestrated biological process of
cardiac electrical activity. By integrating experimental data from key components of cardiac electrophysiol-
ogy, systems biology simulations can complement empirical findings, provide quantitative insight into
physiological and pathophysiological mechanisms of action, and guide new hypotheses to better under-
stand this complex biological system to develop novel cardiotherapeutic approaches. In this chapter, we
briefly introduce in silico methods to describe the dynamics of physiological and pathophysiological single-
cell and tissue-level cardiac electrophysiology. Using a “bottom-up” approach, we first describe the basis of
ion channel mathematical models. Next, we discuss how the net flux of ions through such channels leads to
changes in transmembrane voltage during cardiomyocyte action potentials. By applying these fundamen-
tals, we describe how action potentials propagate in models of cardiac tissue. In addition, we provide case
studies simulating single-cell and tissue-level arrhythmogenesis, as well as promising approaches to circum-
vent or overcome such adverse events. Overall, basic concepts and tools are discussed in this chapter as an
accessible introduction to nonmathematicians to foster an understanding of electrophysiological modeling
studies and help facilitate communication with dry lab colleagues and collaborators.

Key words Cardiac electrophysiology, Systems biology, Quantitative systems pharmacology, Models
of disease, Ion channels, Torsades de pointes, Arrhythmias

1 Introduction

1.1 Why Do We Need

Mathematical Models

in Basic

and Translational

Research?

Biological processes exhibit different layers of complexity that
obscure the interpretation of experimental findings. First, many
biological phenomena are nonlinear, whereby small changes in
one system component can lead to large changes in overall behav-
ior. Second, biological processes are multiscale, which means that
the translation of behavior from one spatial scale (e.g., the cell) to
another (e.g., the organ) is not always straightforward. Such com-
plexity forces experimentalists to utilize a simplified representation,
or a model, of a given system in order to address a biological
question. Independent of one’s biological interests, three funda-
mental questions are commonly asked [1]: (1) what mechanisms
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regulate my biological process? (2) how do my findings translate in
a multiscale context? and (3) how can I extract meaningful
biological information from my big data set? Each of these issues
can be addressed with computational methods.

Experimentalists utilize conceptual models to develop causal
relationships; computational models use mathematical equations to
describe such relationships. Both types of models help build intui-
tion, contextualize data, and generate hypotheses [1]. Together,
these two approaches provide complementary information and can
yield greater insights than either strategy used in isolation [2, 3].

A typical flowchart to incorporate mathematical modeling into
an experimental study involves a well-defined research question,
model development/refinement, and experimental validation,
leading to refined hypotheses or answers to biological questions
(Fig. 1). In this chapter, we discuss methods to incorporate mathe-
matical modeling into experimental cardiac electrophysiology
under healthy and diseased conditions.

1.2 Multiscale

Characteristics

of Cardiac

Electrophysiology

Models and Their

Applications

Like other biological processes, cardiac electrophysiology has com-
plex nonlinear and multiscale characteristics (Fig. 2). By integrating
experimental data from key components of cardiac electrophysiol-
ogy, systems biology simulations can complement empirical find-
ings, provide quantitative insight into physiological and
pathophysiological mechanisms of action, and guide new hypoth-
eses to better understand this complex biological system and
develop novel cardiotherapeutic approaches.

Develop or
Refine

Computational
Model

Formulate
Biological
Question

Generate
Model

Predictions

Empirically
Test Model
Predictions

Answer
Biological
Question

Develop or
Refine

Hypothesis

A B

C

D

E

F

Fig. 1 Typical flowchart for incorporating mathematical modeling into an experimental study to answer
biological questions. (a) Well-defined research questions lead to (b) the development of hypotheses and (c)
appropriate modeling approaches. Iterating through (d) model development, fine-tuning, and (e) experimental
validation can lead to refined hypotheses (b) or answers to biological questions (f). Figure redrawn from [1]
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Fine-tuned movements of ions into and out of the cardiomyo-
cyte are at the core of cardiac electrophysiology. Individual cardio-
myocytes have distinct ion channels, each with their own kinetics
and properties that regulate the magnitude and rate of ions fluxing
into and out of the cell (Fig. 2, item 1). The activity of a given ion
channel can be mathematically modeled with sufficient voltage
clamp data obtained by measuring ion channel activity while hold-
ing a cell’s transmembrane voltage for a set amount of time at a
range of values (for more details, see Subheading 2.1). Tireless
efforts and collaborations between experimentalists and dry lab

Fig. 2 Multiscale integration of experimental data into mathematical models to predict healthy and diseased
cardiac electrophysiology. From bottom to top: (1) voltage/patch clamp data are used to develop models of
cardiac ion channels; (2) the net effects of all cardiac ion channels/pumps/etc. are used for single-cell
cardiomyocyte models; together, these models can be perturbed to simulate physiologic and pathophysiologic
single-cell electrophysiology. (3–5) tissue-, organ-, and body-level simulations utilize image-based anatomi-
cal models; incorporating single-cell models with electrical excitation through tissue allows for higher-order
predictions of arrhythmia. The right panel illustrates in silico applications for each respective scale.
Figure adapted from [37] with permission
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colleagues have led to models of each key ion moving through
compartments of the cardiomyocyte. By accounting for the net
effects of all key ion channels/pumps/exchangers in cardiomyo-
cytes, mathematical modelers have been successful in simulating
whole-cell electrophysiology (Fig. 2, item 2; for more details see
Subheading 2.2). Experimentally, cellular electrophysiology can be
assessed via single cell imaging and microelectrodes, whereas tissue-
level measurements are commonly made with electrode arrays and
optical mapping. Higher-order models can be subsequently devel-
oped by accounting for electrical excitation through image-based
anatomical representations of tissue comprised of in silico single-
cell models (Fig. 2, items 3–5).

Throughout this chapter, we sequentially demonstrate that
each order of model—from ion currents to whole cell to tissue
level—has its own utility and contributes to modeling and predict-
ing specific types of physiology and pathophysiology (Fig. 2, right
panel).

1.3 Chapter

Overview

In the remainder of this chapter, we briefly introduce in silico
methods to describe the dynamics of physiological and pathophys-
iological single-cell and tissue-level cardiac electrophysiology
(Fig. 2, items 1–3), aiming to provide a primer that will enable
nonmathematicians to better communicate with computational
modeling colleagues and understand the related scientific litera-
ture. Following a brief review of the basics of human ventricular
cardiomyocyte electrophysiology (Subheading 1.4), we adopt a
“bottom-up” approach that starts by describing the basis of ion
channel mathematical models (Subheading 2.1). Next, we discuss
how the net flux of ions through key channels leads to changes in
transmembrane voltage during cardiomyocyte action potentials
(Subheading 2.2). By applying these fundamentals, we describe
how action potentials propagate in models of cardiac tissue (Sub-
heading 2.3). Finally, for each of these latter sections, we also
provide case studies and applications of simulating single-cell and
tissue-level electrophysiological pathology (Subheadings 3.1 and
3.2, respectively).

1.4 Brief Overview

of Adult Human

Cardiomyocyte

Electrophysiological

Properties

As a reference for the nonelectrophysiologist, we first provide a
brief overview on cardiomyocyte electrophysiology. As illustrated in
Fig. 3, the human adult ventricular cardiomyocyte (hCM) has five
phases of the cardiac action potential: (0) upstroke; (1) early repo-
larization notch; (2) plateau; (3) late repolarization; and (4) dias-
tole. Specific ion channels dominate each of these respective phases:
(0) sodium current; (1) transient outward potassium current; (2)
L-type calcium current; (3) rapid and slow delayed rectifier potas-
sium currents; and (4) inward rectifier potassium current. Figure 3
illustrates how these channels contribute to the action potential,
and when they are active during the ventricular action potential.
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Myocytes from different regions of the heart (e.g., atria com-
pared with ventricles) contain different ionic current constituents,
and, as a result, exhibit different action potential shapes. Similarly,
important differences in ion channels and action potential wave-
forms are observed between mature adult human cardiomyocytes
and human stem cell-derived cardiomyocytes (hiPSC-CMs) that
are often used in the experimental setting. More specifically,
hiPSC-CMs have prominent funny currents, or pacemaker cur-
rents, which contribute to hiPSC-CM automaticity that is not
evident in adult ventricular myocytes (Fig. 3) [4]. Mathematical
models can describe these differences, and even help predict how
findings from hiPSC-CMs may translate to healthy and diseased
adult ventricular myocytes [3]. Below, we describe how to mathe-
matically model individual families of ion currents; specifically, we
use the hERG rapid delayed rectifier K+ current (IKr) as a case
example.
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Fig. 3 Overview of cardiomyocyte action potential electrophysiology. Human
adult ventricular cardiomyocytes have distinct action potential waveforms with
unique underlying ion current contributions. Phases 0–4 of an excited adult
ventricular cardiomyocyte action potential (looking at transmembrane potential
over time) correspond to upstroke (mainly due to the sodium current, INa), early
repolarization notch (mainly due to transient outward K+ current type 1, Ito1),
plateau (mainly due to L-type calcium current, ICa,L), late repolarization (mainly
due rapid and slow delayed rectifier K+ currents, IKr and IKs, as well as the inward
rectifier K+ current, IK1), and diastole (mainly due to IK1 and others not shown),
respectively. Adapted from [38] with permission

Mathematical Models of Cardiac Electrophysiology 21



2 Methods

2.1 How to Model Ion

Channel Activity

Cellular electrophysiology depends on the movement of sodium,
potassium, calcium, and other ions across semipermeable cellular
and intracellular membranes. However, the lipid bilayer has an
extremely high resistance that acts as an electrical insulator; trans-
membrane ion channels control the flux of specific ions across cell
membranes [5].

Ions flow through an ion channel down an electrochemical
gradient—that is, ion flux is influenced by both diffusional and
electric field forces. When ion x’s movement in one direction of a
channel due to diffusion is equal and opposite to the rate of
movement due to the electric field, equilibrium is achieved. This
occurs when the transmembrane voltage (Vm), defined by present-
day convention as intracellular minus extracellular voltage, is equal
to the Nernst equilibrium potential (Ex) that can be calculated
using an equation derived by the physical chemist and Nobel Lau-
reate, Walther Nernst, in the late nineteenth century:

Ex ¼ RT

zF
ln

xo½ �
xi½ �

� �
ð1Þ

That is, for an ion with a known charge z at constant tempera-
ture T, Ex increases in magnitude when the disparity between
intracellular and extracellular concentration ([xi] and [xo], respec-
tively) of a given ion x increases. Note that R and F are the ideal
gas constant and Faraday’s constant, respectively. Mathematical
modelers can therefore keep track of intracellular and extracellular
concentrations of ions to calculate Ex over time. Using the present-
day convention, the logarithmic term in Ex is positive if the extra-
cellular concentration of an ion is greater, and negative if the
intracellular concentration of an ion is greater.

When deviating from equilibrium, the net driving force of ion
x outward (based on convention) can be defined as (Vm � Ex). If
Vm > Ex, the outward diffusion forces (e.g., K+ is higher intracellu-
larly than extracellularly) outweigh inward electric forces, leading to
a net flux of a given ion out of the cell through its channel (this is
common in several cardiomyocyte K+ ion channels, as EK is approx-
imately �90 mV, and a cardiomyocyte’s Vm ranges from approxi-
mately �90 mV to +40 mV). Conversely, if Vm < Ex, the inward
diffusion forces (e.g., Na+ is higher extracellularly than intracellu-
larly) outweigh outward electric forces, leading to a net flux of a
given ion into the cell through its channel (this is common in the
cardiomyocyte Na+ ion channel, which leads to Phase 0 depolariza-
tion as in Fig. 3).

Using this framework, the current I of ion x is proportional to
the electrochemical driving force (Vm � Ex), with the proportion-
ality coefficient gx, defined as the conductance, or the ability of
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electrical charge to flow through the ion channel. The conductance
is generally not modeled as a constant, but rather simulated to
account for the average number of channels within a cell membrane
that are open at a particular time.

Macroscopically, the number of open voltage gated channels
changes over time in response to Vm. Computational electrophy-
siologists describe these changes mathematically using macroscopic
channel kinetic equations. In a simple case, a channel can be mod-
eled as switching between active and inactive states using first-order
rate processes. The average percent of open channels (x1) over time
can therefore be described by two variables: (1) its steady state
value, x1,1, defining the average percent of open channels over a
sufficiently extended period of time; and (2) its time constant, τx1,
defining how quickly x1 approaches x1,1. Based on these defini-
tions, x1,1 ranges between 0 and 1, where it increases at higher
transmembrane voltages. Mathematically, x1 obeys the differential
equation:

dx1
dt

¼ x1,1�x1
τx1

ð2Þ

That is, the instantaneous change in x1 is such that it
approaches x1,1 (i.e., if x1 is less than x1,1, there is a positive
instantaneous change in x1 to approach its steady-state value x1,1;
on the other hand, if x1 is greater than x1,1, there is a negative
instantaneous change in x1 to approach its steady-state value x1,1)
at a rate proportional to 1/τx1 (i.e., the smaller the τx1, the faster it
will approach the steady-state value). Importantly, both x1,1 and
τx1 are functions of transmembrane voltage, as demonstrated in
Fig. 4. Numerical methods are used to update x1 values over
time, thereby simulating the temporal evolution of ion channel
gating at a given voltage, by: (1) discretizing changes in time
(e.g., time increments of 0.0025 ms); (2) calculating the right
hand side of the differential equation—recall that x1,1 and τx1 are
functions of transmembrane voltage, so this value must be known;
(3) multiplying the values from the previous two steps; (4) adding
step 3 to the previous value of x1; and (5) repeating steps 1–4.

In more complex cases, a channel can again switch between
open and closed states; however, in addition, it can also be inacti-
vated—or blocked—by specialized subunits of a channel, adding
another layer of complexity. The switch between the two states—
inactivated or not inactivated—can be modeled using similar first-
order rate processes. However, the steady-state values typically
decrease, rather than increase, at higher transmembrane voltages.
Nevertheless, the same differential equation typically applies to
model inactivation.

This approach was utilized by Tong et al. to model the hERG
delayed rectifier current (IKr) [6]. To formulate such a model, it is
necessary to develop relationships between the transmembrane
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Fig. 4 Modeling the hERG rapid delayed rectifier ion channel. Tong et al. [6] developed a model of the hERG
delayed rectifier channel by determining relationships between the transmembrane voltage (V ) and (a) steady-
state activation (ssact), (b) activation time constant (τact), (c) steady-state inactivation (ssinact), and (d)
inactivation time constant (τinact) using data from full length hERG clones expressed in different expression
systems [7–10]. Lines represent best fit equations to experimental data points. Note two different activation
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voltage and steady-state activation, activation time constant,
steady-state inactivation, and inactivation time constant. This was
done by Tong et al. [6] by extracting data from full length hERG
clones expressed in different expression systems [7–10], as shown
in Fig. 4a–d, respectively.

The theory behind gating kinetics motivates the use of the
sigmoidal-shaped function to relate voltage and steady-state vari-
ables, as shown in Fig. 4a, c. On the other hand, normal
distribution-shaped functions (as in Fig. 4b, d) or exponential
decay-shaped functions (not shown) are commonly used to relate
voltage and time constants. The parameters within each equation
are typically found through algorithms to minimize the error
between the function outputs and experimental data points. Both
activation and inactivation variables obey the differential Eq. (2)
previously shown; in this case, the resulting conductance (ghERG)
was defined as the product of the maximum conductance constant,
activation variables (each a function of time and voltage, as previ-
ously described), and the inactivation variable (a function of time
and voltage, as previously described), which can be inserted into the
hERG ion current equation, IhERG ¼ ghERG(Vm � EK).

More sophisticated models have been developed to refine the
hERG model specifically for its contributions to the cardiomyocyte
action potential. For example, using a similar methodology to that
described herein, O’Hara et al. [11] developed a more complex,
but more cardiomyocyte-specific, representation of the delayed
rectifier potassium current. As shown in Fig. 4e, f, it is highly
representative of experimental hERG activity throughout the car-
diac action potential.

In the next section, we demonstrate how O’Hara et al. [11]
used their hERG model (and other key action potential ion chan-
nel/pump models) to simulate whole-cardiomyocyte action poten-
tials. While other human ventricular models have been successfully
developed [12–14], we focus on the O’Hara et al. model [11] for
its current use as an in silico component of the Comprehensive
in vitro Proarrhythmia Assay (CiPA) initiative, which we describe
further in Subheading 3.1 [15].

2.2 How to Model

Whole-Cardiomyocyte

Electrophysiology

As outlined in Subheading 1.4, several key ion channels are active at
different phases of the cardiac action potential. Each of these chan-
nels can be modeled using the framework described in Subheading
2.1, with slight modifications to account for unique properties of

�

Fig. 4 (continued) gates were incorporated into the Tong et al. [6] hERG model by using the same steady-state
activation equations from Panel (a), each with different activation time constants τhn1 and τhn2 from Panel (c).
(e, f) Other models (e.g., O’Hara et al. [11]) have been developed to better reflect the hERG delayed
rectifier current (IKr) contribution during an adult human cardiomyocyte action potential. Panels (a) through
(d) adapted from [6] with permission. Panels (e) and (f) adapted from [11] with permission
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each channel. The net flux of ions (Itotal) through key channels (for
a schematic of all channels/pumps/etc. involved in the O’Hara
et al. human adult cardiomyocyte model, see Fig. 5a) [11] leads to
changes in transmembrane potential (Vm) over time, obeying the
following differential equation:

dVm

dt
¼ � I total þ I stim

Cm
ð3Þ

where Cm is the constant capacitance of the cell (proportional to
cell size) and Istim is the artificial stimulus provided in the simula-
tion (adult ventricular myocytes do not excite on their own, thus
requiring artificial activation in the model). Note that the negative
term in front of the right hand side of the equation is due to the
present-day convention of current previously described. Similar to
the differential Eq. (2), numerical methods can be used to update
Vm values over time (allowing for simulations of the transmem-
brane voltage over time) by (1) discretizing changes in time (e.g.,
time increments of 0.0025 ms); (2) calculating the right hand side
of the differential equation (recall each ion channel has its own
gates, so for each gate, the numerical methods for solving respective
gating differential equation (Subheading 2.1) must be used);
(3) multiplying the values from the previous two steps; (4) adding
step 3 to the previous value of Vm; and (5) repeating steps 1–4.

By doing so, the O’Hara et al. model [11] was able to success-
fully simulate adult cardiomyocyte action potentials (Fig. 5b) that
look remarkably similar to experimental action potentials from
three select adult cardiomyocytes (Fig. 5c) and was within experi-
mental variability for several characteristics of the action potential,
including resting membrane potential, peak voltage, and maximum
rate of voltage increase (Fig. 5d–f). Furthermore, by accounting for
net fluxes of calcium into and out of four key cellular compart-
ments—such as bulk myoplasm (myo), junctional sarcoplasmic
reticulum (JSR), network sarcoplasmic reticulum (NSR), and sub-
space (SS)—the O’Hara et al. model [11] could also simulate
intracellular calcium (in myo) over the duration of the action
potential, which was also remarkably similar to experimental cal-
cium transient characteristics (Fig. 5g–i).

2.3 How to Model

Cardiac Tissue Strands

Myocardium is made up of individual cardiomyocytes connected by
intercalated disks, embedded within the extracellular matrix; in the
context of cardiac tissue electrophysiology, gap junctions play a key
role by allowing for intercellular propagation of action potentials
throughout the myocardial tissue. To simulate tissue-level electro-
physiology, mathematical modelers extend the single-cell model
(Subheading 2.2) by accounting for ion flow through gap junctions
between neighboring cells. Figure 6 illustrates this method and the
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Fig. 5 Modeling the human adult cardiomyocyte action potential. (a) Schematic of the types of ion channels/
pumps/exchangers modeled; the net effects of these channels/pumps/exchangers in their given compartment
are used to model whole cell electrophysiology. Four main compartments are accounted for, including (1) bulk
myoplasm (myo), (2) junctional sarcoplasmic reticulum (JSR), (3) network sarcoplasmic reticulum (NSR), and
(4) subspace (SS); for details, see [11]. Comparison of the (b) simulated and (c) three select experimental adult
cardiomyocyte action potentials during electrical pacing with varying cycle length (inverse of frequency). (d–f)
Comparison of simulated and experimental characteristics of the action potential, including resting membrane
potential (Vmin), peak voltage (Vpeak), and maximum rate of voltage increase (dV/dtmax), respectively. (g) By
accounting for net fluxes of calcium into and out of each key cellular compartment, O’Hara et al. [11] could
also simulate intracellular calcium ([Ca2+]i) over the duration of the action potential (top); comparison to
experimental [Ca2+]i transients (bottom). (h, i) Comparison of simulated and experimental characteristics of
the calcium transient, including peak [Ca2+]i and decay time constant (τca), respectively. Adapted from [11]
with permission



resultant simulations in the simplest tissue case—a one-dimensional
strand of myocytes, also referred to as a “cable model”.

In this example, cells are connected end-to-end through gap
junctions. Gap junctions contain proteins called connexins, and
these form channels that connect the intracellular spaces of two
adjacent myocytes. As a result of the connexin proteins, gap junc-
tions allow the flow of electrical charge (i.e., they are conductive).
To this end, flow between two cells can be modeled analogously to
an ion channel. Just as there was an electrochemical driving force
(Vm � Ex) for a single-cell’s ion channel, there is a driving force
through a gap junction between cells 1 and 2 of (Vm,1 � Vm,2); if
cell 1 has a higher voltage than neighboring cell 2 (i.e.,Vm,1>Vm,2),
then cation flux is driven from cell 1 to cell 2 (Fig. 6a). This gets
scaled by the constant gap junctional conductance, ggap, to com-
pute the gap junctional current. Keep in mind, each cell has its own
electrophysiological properties that can be described by whole-cell
models (Fig. 6b). Altogether, each cell within the tissue strand can
be mathematically approximated as:

ΔVm, cell n

Δt
¼ � I total,n þ I stim,n þ ggap V n � V n�1ð Þ þ ggap V n � V nþ1ð Þ

Cm

ð4Þ

where, for a given cell n with transmembrane voltage Vm,cell n, the
change in voltage over time can be approximated as single-cell
changes (from Itotal,n and Istim,n), in addition to the fluxes through
gap junctions to neighboring cells to the left (ggap(Vm,n � Vm,n�1))
and right (ggap(Vm,n � Vm,n + 1)) of cell n. Yet again, as an extension
to the whole-cell calculations (Subheading 2.2), numerical meth-
ods can be used to update voltage values of all cells in a tissue over
time by: (1) discretizing changes in time; (2) calculating the right
hand side of the differential equation (recall each cell has its own
voltage and channels, so for each cell’s gates—which are dependent
on voltage—the numerical methods used to solve each gating
differential equation (Subheading 2.1) must be implemented);
(3) multiplying the values from the previous two steps; (4) adding
step 3 to the previous value of Vm for each cell; and (5) repeating
steps 1–4. Note that Istim does not necessarily need to excite all cells
at once, as we discuss below.

Figure 6c illustrates simulation results of action potentials pro-
pagating from cell 1 (the only excited cell) to cell 100 connected in
series. Note a delay in activation from cell-to-cell, which reflects the
intrinsic resistance to ionic flux through the gap junctions. A typical
metric used to characterize this delay is called the conduction
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velocity (CV); the greater the conduction velocity, the less the delay.
Measuring the difference in time of activation between a cell near the
beginning of the strand and the end of the strand (defined asΔt) and
the spatial distance between these two cells (defined as Δd), conduc-
tion velocity is calculated as CV ¼ Δd/Δt (Fig. 6c). Physiologic CV

Fig. 6 Modeling action potential propagation in a one-dimensional tissue strand. (a) Schematic of action
potential propagation when cells are coupled to each other—cell 1 is excited, leading to depolarization; Vm,1
therefore has a higher voltage than neighboring cell 2, driving cation flux from cell 1 to cell 2, and so forth. (b)
This can be represented with electrophysiological models, where each cell has its own whole-cell model (e.g.,
O’Hara et al. cell model [11]), and ions flow down the electrochemical gradient through gap junctional
channels with constant conductance, ggap. (c) Simulation results of action potentials propagating from excited
cell 1 to cell 100. The speed of propagation from one cell to the next can be calculated by the conduction
velocity (Δd/Δt). Panel (b) adapted from [11] with permission. Panel (c) adapted from [39] with permission
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along the fiber direction in healthy adult human myocardium can
decrease appreciably in the setting of fibrosis or other pathologies or
interventions that diminish the integrity or expression level of gap
junction proteins, leading to irregular heartbeats. Therefore, CV is
recognized as a valuable metric when attempting to predict myocar-
dial arrhythmic potential.

3 Applications of Cardiac Electrophysiology Models

3.1 Applications

of Single-Cell Models:

Predicting

Torsadogenic Drugs

In this section, we provide an example of the utility and promise of
computational approaches to model whole-cell electrophysiological
pathology and emerging drug toxicity screening technologies.

Torsades de pointes (TdP) is a rare but lethal form of polymor-
phic ventricular tachycardia [16]. In addition to congenital long
QT syndrome, antiarrhythmic and noncardiac drugs have been
implicated in causing TdP [17]. Drug-induced TdP is a leading
cause of drug relabeling or withdrawal from the market, second
only to drug-induced hepatotoxicity [18, 19]; this has led to the
establishment of regulatory cardiotoxicity testing [20–22]—
including in vitro measurements on hERG current inhibition, ani-
mal model QT assays, and clinical examination of QT interval in
healthy volunteers—that is both expensive and of limited predictive
value for subsequent clinical trials [23, 24]. Given early drug devel-
opment attrition rates of 80–90% and only 10% commercial success
[25, 26] with development costs on the order of two to three
billion dollars [27], it is of great interest for pharmaceutical com-
panies to economically and effectively screen whether a drug under
development is likely to be torsadogenic [28].

Recent work has demonstrated the promise of integrating sys-
tematic simulations with machine learning to successfully predict
pharmacological toxicity [29]. Lancaster and Sobie [29] simulated
the individual effects of a panel of 86 drugs on cardiomyocyte
action potential and calcium transient metrics by incorporating
each of their empirical inhibitory effects on hERG delayed rectifier
K+ channel, L-type calcium channel, and sodium channel activity
(Fig. 7a). This was accomplished by scaling the maximum conduc-
tance as a function of the half-maximal inhibitory concentration
(IC50) value, and the effective free therapeutic plasma concentra-
tion (EFTPC).

By inputting the simulated effects of each drug on 13 action
potential (Fig. 7a) and calcium transient (Fig. 7b) metrics into a
support vector machine (SVM) learning algorithm (SVM divides
the input metrics into two regions—e.g., torsadogenic and non-
torsadogenic—separated by a linear boundary), Lancaster and
Sobie [29] were able to classify drugs as torsadogenic or nontorsa-
dogenic with superior sensitivity and specificity (Fig. 7c) and lower
misclassification rates (Fig. 7d) in comparison to conventional
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methods [e.g., using IC50 values from hERG channel inhibition
assays (hERG IC50/EFTPC), or from simulations of action poten-
tial duration alone (APD90)].

These promising quantitative systems pharmacology
approaches are gaining traction; currently, in silico modeling of
human ventricular electrical activity is an integral part of the CiPA
initiative to more effectively detect and avoid drug-induced TdP for
new drugs seeking regulatory approval from the Food and Drug
Administration (FDA) [15].

3.2 Applications

of Tissue-Level

Models: Predicting

Stem Cell Effects

on Electrical

Properties of Fibrotic

Heart Tissue

In this final section, we provide an example of using computational
approaches to model tissue-level electrophysiology pathology and
therapeutic interventions.

Human bone marrow-derived mesenchymal stem cells
(hMSCs) offer a promising approach to treat heart failure [30].
To date, clinical benefits of hMSC therapy have achieved statistical
significance, but typically remain modest in effect and not long
lasting [31–34], representing an opportunity for improvement.
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A better understanding of underlying cardioactive mechanisms
could help optimize future hMSC-based therapies. These mechan-
isms involve antifibrotic and ion channel remodeling effects of
hMSC paracrine signaling, as well as direct hMSC–myocyte hetero-
cellular coupling [3].

In our recent study [3], in silico findings provided insights that
help resolve disparate reports of potential proarrhythmic risks of
hMSCs in vitro [35] that contradict in vivo reports of hMSCs having
no effect [36] or even favorable cardioprotective effects [34] on
arrhythmogenesis in preclinical animal studies and clinical trials. To
do so, we extended one-dimensional tissue strands to two-
dimensional tissue sheets (Fig. 8a), with cells coupled end-to-end
in the x direction, as well as side-to-side in the y direction. Hetero-
geneous cell populations comprised of cardiac myocytes and
fibroblasts were used to simulate cardiac tissue with either low levels
or high levels of fibrosis. The former is more representative of in vitro
cell culture withminimal fibrosis, whereas the latter represents in vivo
models where hMSCs are used therapeutically post-myocardial

Fig. 8 Modeling hMSC electrophysiological effects on 2D fibrotic cardiac tissue. (a) Schematic of
two-dimensional cell–cell coupling between human adult ventricular myocytes (hCMs) and fibroblasts. In
this case, action potentials can propagate both in the x and y directions, rather than just along one dimension
as in Fig. 6. (b) Steps for performing two-dimensional vulnerable window (VW) analysis by observing electrical
wavefront propagation patterns in a 5 � 5-cm square region of simulated cardiac tissue. VWs of (c) low
fibrotic and (d) high fibrotic cardiac tissue with varying levels of human mesenchymal stem cell heterocellular
coupling (HC) and/or paracrine signaling (PS) interventions. Panel (b) adapted from [40] with permission.
Panels (c) and (d) adapted from [3] with permission
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infarction. Note that myocyte–myocyte gap junctional conductances
are higher than myocyte–fibroblast gap junctions (i.e., there is more
resistance in myocyte–fibroblast coupling), leading to slower CV
when adding fibrosis into cardiac tissue simulations.

Slowed conduction could lead to arrhythmogenesis, warranting
a systematic method to test arrhythmic responses. In the context of
cardiac tissue, a metric called the vulnerable window (VW) is often
used [3]. A typical protocol for VW analysis is shown in Fig. 8b; a
higher VW corresponds to a higher risk of arrhythmogenesis.

In simulations more closely representing healthy myocyte
monolayers (Fig. 8c), both hMSC paracrine signaling (PS) and
heterocellular coupling (HC) are predicted to increase arrhythmo-
genicity compared to hMSC-free control conditions. However, in
VW simulations of highly fibrotic cardiac tissue (Fig. 8d), hMSC
paracrine signaling-only conditions were predicted to be antiar-
rhythmic by decreasing VW compared to control, whereas HC
between hMSCs and cardiomyocytes caused the VW to increase
[3]. VW analyses further predicted that hMSC supplementation
(involving both PS and HC mechanisms) did not adversely impact
fibrotic cardiac tissue arrhythmogenesis, and may even be antiar-
rhythmogenic [3]. These simulations could help explain why
hMSCs are often reported as safe [36] or even antiarrhythmic
[34] in clinical trials where paracrine effects are present despite
low cell engraftment.
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Chapter 3

Isolation of Atrial and Ventricular Cardiomyocytes
for In Vitro Studies

Jelena Plačkić and Jens Kocksk€amper

Abstract

High quality cardiomyocyte isolation is of critical importance for successful studies of myocardial function
at the cellular and molecular level. Although previous work has established isolation procedures for various
species, it still remains challenging to produce consistently a high yield of viable and healthy cardiomyo-
cytes. The basis for the most successful and reproducible isolation of cardiomyocytes from intact hearts is
the Langendorff retrograde perfusion technique. Here, we will illustrate in detail all practical aspects of the
enzyme-based Langendorff isolation of rat atrial and ventricular cardiomyocytes. This includes a series of
obligatory steps starting from quick aortic cannulation to rinse the heart from blood, short perfusion of the
heart with Ca2+-free solution to dissociate cells at the level of intercalated discs, followed by longer
perfusion with low Ca2+-containing enzyme solution in order to disrupt the extracellular matrix network,
extraction of the released cardiomyocytes and gentle Ca2+ reintroduction to allow cells to return gradually
to normal cytosolic Ca2+ levels. The average yield of intact viable ventricular myocytes that can be achieved
with our protocol is �70% (range �50–90%). For atrial myocytes, in general, it is slightly (�10%) lower
than for ventricular myocytes. The yield depends on the age of the rat and the degree of cardiac remodeling
such that digestion of older and more remodeled hearts (more fibrosis) usually results in lower yields.
Isolated atrial and ventricular cardiomyocytes may be employed for studies of cardiomyocyte function (e.g.,
shortening/contraction, intracellular [Ca2+] transients) as well as for biochemical and molecular biological
studies (e.g., immunoblotting, PCR).

Key words Langendorff retrograde heart perfusion, Cardiomyocyte isolation, Collagenase digestion,
Atrial and ventricular cardiomyocytes

1 Introduction

Isolated adult cardiomyocytes represent an essential tool for the
investigation and understanding of cardiac structure and function
at the cellular and molecular level in health and disease. Studies on
embryonic and neonatal cultured cardiomyocytes cannot be easily
extrapolated to the adult myocardium, since these cells differ from
adult cardiomyocytes in morphology and ultrastructure as well as
the expression of important ion channels, Ca2+-regulating and
contractile proteins [1]. Similar arguments apply for the more
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recently employed cardiomyocytes derived from induced pluripo-
tent stem cells [2]. Isolated cardiomyocytes have the advantage to
be free of neural and humoral influences, providing the ideal setting
for a highly controllable experimental environment. Additionally,
isolation of cardiomyocytes offers the possibility to select cells from
distinct areas of the heart including, for example, the left or right
atrium, the left or right ventricle, infarcted diseased regions or the
cardiac conduction system. High quality cardiomyocyte isolation is
of critical importance for successful studies with both freshly
isolated and cultured cells, as adult cardiomyocytes can be trans-
fected for gene transfer studies [1, 3].

Starting from the 1970s until today, various isolation
approaches have been developed. Cardiomyocyte isolation may
differ between mammalian species. Principally, however, each isola-
tion procedure includes a series of obligatory steps, and many
critical factors relevant for obtaining functionally intact, Ca2+-tol-
erant cardiomyocytes have been identified [4]. Despite previous
work, however, it still remains challenging to prepare consistently
a large yield of high-quality cardiomyocytes.

From all species, rats and mice are perhaps those most fre-
quently used for the isolation of cardiomyocytes. The basis for the
most reproducible and highest quality enzymatic isolation of viable
cardiomyocytes from intact hearts is the Langendorff retrograde
perfusion technique. With this technique, the heart is perfused via
cannulation of the aorta. The perfusion buffer fills the coronary
vasculature by flowing opposite to normal physiologic flow (retro-
gradely) down the ascending aorta with the aortic valve closed
under pressure [5]. The protocol that will be introduced here
describes the isolation of atrial and ventricular cardiomyocytes
from rat heart and represents a modification of previously published
procedures, e.g., [1, 3, 4, 6–8]. It has been used for the last 7 years
in our laboratory with a consistently large yield of healthy atrial [9]
and ventricular [10] cardiomyocytes.

The major steps of this protocol for the isolation of cardiomyo-
cytes are quick aortic cannulation using low Ca2+-containing Tyr-
ode’s solution to rinse the heart from blood, short perfusion of the
heart with Ca2+-free solution to dissociate cells at the level of the
intercalated discs, followed by longer perfusion with low Ca2+-
containing proteolytic enzyme solution in order to cleave the con-
nections of the individual cells with the extracellular matrix net-
work, extraction of the released cardiomyocytes and gentle Ca2+

reintroduction to allow cells to return gradually to normal cytosolic
Ca2+ levels.

In the following, we will illustrate in detail all practical aspects
of the isolation of rat atrial and ventricular cardiomyocytes, stres-
sing the most critical steps necessary for successful cell preparation.
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2 Materials

2.1 Equipment 1. Langendorff apparatus running in the constant flow mode.

2. A light microscope or magnifying glasses for dissection.

3. A stainless steel cannula of suitable size (diameter in the range
of 2–3 mm, depending on the size of the rat) with graves.

4. Surgical silk (5-0 size).

5. Scissors.

6. Forceps.

7. 300 μm sieve cloths.

2.2 Solutions Prepare all solutions using demineralized, ultrapure water
(ddH2O), processed with the Milli-Q Reference A+ system.
18.2 Ω molecular biology grade H2O is highly recommended. All
solutions for the isolation should be freshly prepared from the basic
isolation Tyrode’s solution (see Table 1).

1. Basic isolation Tyrode’s solution (see Note 1): 130 mM NaCl,
5.4 mM KCl, 0.5 mM MgCl2, 0.33 mM NaH2PO4, 25 mM
HEPES, 22 mM glucose, 0.01 U/mL insulin (pH ¼ 7.4).

2. Cannulation solution: isolation solution with 0.15 mM CaCl2
and 2 U/mL heparin (see Note 2).

3. Cardioplegic solution (ice cold): cannulation solution with
25 mM KCl.

4. Ca2+-free solution: isolation solution containing 0.4 mM
EGTA (see Note 3), 10 mM 2,3-butanedione monoxime
(BDM) and 2 U/mL heparin.

5. Enzyme solution: isolation solution containing 0.2 mMCaCl2,
10 mM BDM, 0.8 mg/mL type 2 collagenase (CLS-2,
Worthington, USA), 0.05 mg/mL type XIV protease (Sigma-
Aldrich) (see Note 4).

6. Stop solution for atrial myocytes: isolation solution containing
0.2 mM CaCl2, 10 mM BDM.

7. Stop solution for ventricular myocytes: isolation solution con-
taining 0.5 mM CaCl2, 10 mM BDM (see Note 5), 2 mg/
mL BSA.

8. Ca2+ solution 1: isolation solution containing 1 mM CaCl2,
2 mg/mL BSA.

9. Ca2+ solution 2: isolation solution containing 1.5 mM CaCl2.
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Table 1
Solutions made from the basic isolation Tyrode’s solution. Amount required for one cell preparation

Solution name Basic isolation 
Tyrode’s solution

Substance Final 
concentration

1. Cannulation solution 250 ml

CaCl2 0.15 mM

Heparin 2 U/ml

2. Ca
2+

-free solution 50 ml

EGTA 0.4 mM

BDM 10 mM

Heparin 2 U/ml

3. Enzyme solution 50 ml

Collagenase 0.8 mg/ml

Protease 0.05 mg/ml

CaCl2 0.2 mM

BDM 10 mM

4. Stop solution for 

ventricular myocytes 15 ml

CaCl2 0.5 mM

BDM 10 mM

BSA 2 mg/ml

5. Ca
2+

solution 1 15 ml

CaCl2 1 mM

BSA 2 mg/ml

6. Ca
2+

solution 2 100 ml CaCl2 1.5 mM

200 ml of the 

cannulation 

solution use for 

preparing the

cardioplegic 

solution

Before adding 

enzymes, take 

1 ml of this 

solution, heat up 

to 37°C and use 

it as a stop 

solution for atrial 

myocytes

42 Jelena Plačkić and Jens Kocksk€amper



3 Methods

3.1 Setting

up the Langendorff

Apparatus

1. For the isolation procedure, the Langendorff apparatus is run-
ning in the constant flow mode, where perfusion of the heart is
achieved by a peristaltic pump filling a compliance chamber to
which the aortic cannula is attached. Check the flow rate of the
peristaltic pump regularly and adjust to 3 mL/min, as this is of
great importance for appropriate perfusion and successful
isolation.

2. Clean and noncontaminated tubing and chambers of the Lan-
gendorff system are also very important factors. Make sure that
the Langendorff system is thoroughly washed after every isola-
tion procedure (see Note 6).

3. Switch on the water bath to warm up the water bath-jacketed
tubes of the Langendorff system in order to keep the circulat-
ing perfusion solutions at 37 �C throughout the Langendorff
heart perfusion. The temperature of the perfusate should also
be checked regularly.

4. Oxygenate all solutions that are going to be used for perfusion
to maintain sufficient O2 supply and prevent hypoxic condi-
tions of the heart (through bubbling with 100% O2 through
sintered glass oxygenators) (see Note 7).

5. Fill the Langendorff apparatus with oxygenated cannulation
solution and draw any air bubbles out of the compliance cham-
ber (the “bubble trap” space) to protect the heart from coro-
nary occlusion.

6. For efficient fixing of the aorta to the cannula, make sure that a
suitably sized (2 mm diameter for younger rats and 2.5–3 mm
for older rats) stainless steel cannula with a couple of graves and
appropriate 5-0 surgical silk is used.

3.2 Excision

and Cannulation

of the Heart

1. Prepare the settings for the cannulation (see Fig. 1a) and fill the
syringe with the heparin-containing cannulation solution.
Remove all air bubbles from the syringe to prevent air from
entering the coronary arteries.

2. Anaesthetize and kill the rat according to the protocol
approved by your local animal welfare authorities. In our case,
the rat is anaesthetized by isoflurane and killed by decapitation.

3. Make a cut from the mid abdomen to the diaphragm, hold the
sternum with curved serrated forceps and cut bilaterally. Retro-
flect the thoracic cage to expose the heart. Inject the heparin
solution (1000 U/mL) directly into the heart (see Note 8) to
prevent blood clotting during the excision of the heart.

4. Carefully trim away any surrounding noncardiac tissue, e.g.,
lungs and connective tissue.
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5. Lift the heart slightly using fine curved serrated forceps, excise
the heart from the thoracic cavity and put it into a beaker with
the oxygenated ice-cold cardioplegic solution. Then, gently
press it (with the scissors or a small spatula) to remove some
initial blood.

6. Transfer the heart to the 100 mm culture dish (see Fig. 1a) with
oxygenated ice-cold cardioplegic solution (see Note 9).

7. After you identify the aorta and its cranial branches, which are
usually hidden behind the thymus, cut the aorta below its first
branch. Rapidly slip the heart on the aortic cannula. Then, make
a double knot with the surgical silk to ensure tight ligature and
inject the cannulation solution into the heart (see Fig. 1b, c).

8. Transfer the heart to the Langendorff system (see Note 10).

3.3 Perfusion

and Digestion

of the Heart

1. Perfuse the heart with oxygenated, heparin-containing cannu-
lation solution at a rate of 3 mL/min to remove the residual
blood. When you start the perfusion with the cannulation
solution, the tubing of the Langendorff apparatus should be
placed in the oxygenated Ca2+-free solution. When the heart
stops beating, Ca2+-free solution has reached the heart.

Fig. 1 Cannulation of the heart through the ascending aorta. (a) Cannula is initially detached from the
Langendorff apparatus and fixed to the syringe filled with the cannulation solution. The syringe is mounted
below the dissection microscope and above the 100 mm petri dish with the ice-cold oxygenated cardioplegic
solution. (b) After the aorta is ligated to the cannula (c) putting pressure on the syringe fills the coronary
arteries with cannulation solution and rinses blood from the heart leaving the coronary arteries whitish. Since
cannulation solution contains low Ca2+ concentration, the heart should contract weakly, which helps in
removing the blood
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2. When the Ca2+-free solution has reached the heart, the tubing
of the Langendorff apparatus should be placed in the oxyge-
nated enzyme solution. After 4 min, the enzyme solution has to
reach the heart (see Note 11).

3. Perfuse the heart with the enzyme solution at a rate of 3 mL/
min until it becomes swollen, soft and pale (see Note 12,
Fig. 2). When pressed gently with the forceps, the ventricles
lose shape and the heart hangs like a bag (see Fig. 2g). In a drop
of the solution taken from the surface of the heart, lots of
isolated cells can be found. The atria might be digested (a few
minutes) faster than the ventricles. They should be harvested
when they have become flaccid, pale and easy to remove (see
Note 13).

Fig. 2 Perfusion and digestion of the heart. (a) The heart is attached to the Langendorff system and initially
perfused with the cannulation solution, followed by 4 min perfusion with Ca2+-free solution at a rate of 3 mL/min.
(b) Afterwards, the heart is perfused with the enzyme solution. During the perfusion with the enzyme solution, the
perfused heart is immersed in a water bath-jacketed organ bath filled with enzyme solution to achieve efficient
digestion of the heart from inside and outside. (c) Occasionally, the course of digestion should be observed by
palpation of the heart with the forceps or fingers. (d) When digested, ventricles become swollen, soft, and pale
and (e) the atria appear flaccid, pale, bigger and (f) easy to remove by pulling with the forceps without cutting. (g)
When pressed with the forceps, the ventricles lose shape and the heart hangs like a bag
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3.4 Preparing

the Atrial Myocytes

1. Take the left and right atrium and put each into a beaker with
0.5 mL of the stop solution for the atrial myocytes preheated to
37 �C.

2. With two fine forceps, gently dissect the atrial tissue (see
Fig. 3a). Afterwards, place the beakers with the atrial tissue
on a rocking platform to facilitate cell dissociation.

3. Start the slow Ca2+ adaptation steps (see Note 14) by adding
solutions with increasing Ca2+ concentrations every 2 min
according to the scheme in Table 2.

Fig. 3 Preparation of atrial and ventricular myocytes. (a) Following removal of an
atrium, it is transferred to a beaker with the stop solution for atrial myocytes
(preheated to 37 �C), and the atrial tissue is gently dissected by means of two
fine forceps to facilitate cell dissociation. Afterwards, the beaker with the atrial
tissue is placed on a rocking platform and Ca2+ is stepwise reintroduced to reach
physiological Ca2+ concentration at RT. (b) The ventricle is removed and
transferred to a beaker with the stop solution for ventricular myocytes (pre-
heated to 37 �C) and gently chopped to release the cells. (c) The undigested
tissue is removed by filtration through sieve cloths with 300 μm pores and (d) the
cells are left to settle down by gravity. Afterward, the cells are gradually adapted
to increasing Ca2+ concentrations at RT.
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4. After the Ca2+ adaptation procedure and adjustment of the
density of the atrial myocyte suspension, seed the atrial myo-
cytes (see Fig. 4b) on laminin-coated coverslips (or culture
dishes) and leave the cells to attach to the bottom of the cover-
slips (or culture dishes) for about 20 min. They are now ready
for experimentation.

3.5 Preparing

the Ventricular

Myocytes

1. Put the ventricles (see Note 15) into a beaker with �10 mL of
the stop solution for ventricular myocytes preheated to 37 �C.

2. Gently chop the ventricles (see Fig. 3b, Note 16).

3. Remove the undigested tissue by filtration through sieve cloths
with 300 μm pores (see Fig. 3c).

4. Let the cells settle down by gravity (see Fig. 3d, Note 17) for
10 min and gently aspirate the supernatant.

Table 2
Scheme of atrial myocyte adaptation to physiological Ca2+ concentration

Solution Volume Final Ca2+ concentration

Stop solution for atrial myocytes (37°C) 500 μl 0.2 mM

Ca2+ adaptation on the rocking platform

Stop solution for ventricular myocytes

(37°C)

5 x 100 μl 0.35 mM

Ca
2+

solution 1 (1 mM Ca
2+

, RT) 4 x 100 μl

0.675 mM
3 x 200 μl

Ca
2+

solution 2 (1.5 mM Ca
2+

, RT) 4 x 250 μl

1.1 mM

2 x 500 μl

Stop rocking, wait 10 min, remove 2 ml, 

start rocking again

4 x 500 μl 1.3 mM

Stop rocking, remove the remaining tissue, wait 10

min, gently remove some solution if necessary to

concentrate the cell suspension

The atria are 

taken and 

dissected in 

this solution
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5. Add �5–10 mL of Ca2+ solution 1 (RT) without mixing the
cell suspension. Adapt the cells to the Ca2+ solution 1 for
10 min, then gently aspirate the supernatant.

6. Add �5–10 mL of Ca2+ solution 2 (RT) and allow 10 min for
the adaptation of the cells.

7. Isolated ventricular myocytes (see Fig. 4b, Note 18) can be
stored at RT and used for experimentation within 12 h after
isolation.

8. Before plating the ventricular myocytes, adjust the concentra-
tion of the cell suspension by dilution with Ca2+ solution
2. Ventricular myocytes can be plated on laminin-coated cover-
slips (or culture dishes) like the atrial myocytes (see step 4 in
Subheading 3.4, see Note 19).

4 Notes

1. Basic isolation Tyrode’s solution without insulin can be kept in
the refrigerator for 2–3 weeks. On the day of cell isolation add
insulin and prepare all solutions freshly from the basic isolation
Tyrode’s solution. For one cell isolation use 500 mL of basic
isolation Tyrode’s solution (see Table 1). Besides insulin and

Fig. 4 Light microscopy images of atrial and ventricular myocytes after complete preparation. (a) Ventricular
myocytes have a more rectangular shape, whereas (b) atrial myocytes are smaller and more spindle-shaped.
Healthy cardiomyocytes exhibit clear cross-striations (bottom images) and do not show any spontaneous
contractions at rest. Images were recorded on a Leica DMI3000B microscope using 10� (top) or 63� (bottom)
objective lenses, respectively, and processed using ImageJ software
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glucose used here, other additions to the isolation Tyrode’s
solution (e.g., amino acids, fatty acids, adenosine, pyruvate,
taurine, vitamins) have been used by other investigators in an
effort to improve the yield and viability of isolated cells, e.g.,
[11]. The potential effects of these additions are not entirely
clear though. Since we obtain good results with our combina-
tion of insulin and glucose, we prefer to use this simple and
effective isolation solution.

2. Prepare 5 kU/mL heparin stock solution in sterile phosphate-
buffered saline (PBS), keep it in the refrigerator and use it for a
couple of months.

3. Prepare 100 mM EGTA stock solution (pH 7.4) and use it for
up to a year.

4. As an alternative, instead of using type 2 collagenase and type
XIV protease, enzymatic digestion of the heart can be per-
formed using liberase. In contrast to type 2 collagenase,
which is a crude preparation of collagenases and other proteases
(e.g., clostripain, caseinase) with varying activities and relatively
high lot-to-lot variability, liberase represents a defined mix of
highly purified collagenases and other proteases with high
activity and minimal lot-to-lot variability. It is more often
used for isolation of cardiomyocytes from mouse hearts
[8]. Some investigators report on improved results (better
cell yield, more single cardiomyocytes) when using liberase
for isolation of cardiomyocytes from rat hearts [12]. We have
tested a combination of 0.1 mg/mL liberase (Liberase TM
Research Grade, Roche) and 0.15 mg/mL trypsin (10� liquid
2.5% Trypsin, Sigma Aldrich) for isolation of atrial and ventric-
ular cardiomyocytes from rat hearts. In our hands, results
obtained with liberase digestion did not greatly differ from
those obtained with collagenase. The higher lot-to-lot varia-
bility of protease activities from type 2 collagenase preparations
requires, however, that concentrations and digestion times may
have to be adjusted when using a new lot of type 2 collagenase
for cardiomyocyte isolation.

5. BDM reversibly inhibits cardiac contractile activity and protects
the myocardium from damage [3, 13, 14]. However, since
BDM acts as a chemical, i.e., nonspecific, phosphatase, it may
exert multiple effects on cardiomyocyte function, including
impaired Ca2+ handling [3, 14, 15]. Hence, BDM should be
washed out prior to the experiments, and final Ca2+ solution
1 and 2 do not contain any BDM.

6. To clean the tubing of the Langendorff apparatus, wash it right
after every isolation first with plenty of distilled water at high
speed, then with 50% ethanol at lower speed to allow enough
time for disinfection of the system and finally again with plenty
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of water. Do not forget to clean the compliance chamber
(“bubble trap” space) and water-jacketed organ bath as well.

7. For the mouse cardiomyocyte isolation, some laboratories rec-
ommend that all solutions for perfusing the heart should be
filtered through 0.2 μm sterile filters, e.g., [8, 11]. While this is
certainly crucial when cardiomyocytes are used for cell culture,
it is less clear whether this is also important when cardiomyo-
cytes are used for experimentation within the next couple of
hours after isolation. In the case of rat cardiomyocytes, we find
that filtration through 0.2 μm sterile filters does not make a
difference with regard to the quality of freshly isolated cells.

8. The injection of heparin is important to prevent blood clotting.
The isolation procedure could also be done without injecting
the heparin, but in this case excision of the heart and cannula-
tion should be done even faster (<2 min). If the killing is
performed by decapitation, the heparin should be injected
directly into the heart, but if it is done by cervical dislocation
(often done whenmice are used), where the circulation remains
intact, the heparin could be injected into the liver rather than
the heart, to prevent possible injury of the heart. For injection,
prepare 1 mL of 1000 U/mL heparin (from a 5 kU/mL
heparin stock solution) and recalculate how much of
1000 U/mL heparin you need to inject, having in mind that
1000 U of heparin are required for 1 kg body weight of the rat.
For example, for 300 g body weight of the rat, you would need
to inject 0.3 mL of 1000 U/mL heparin.

9. The cardioplegic solution is used for cardiac arrest. The high
potassium concentration in this solution depolarizes the cardi-
omyocytes and prevents contractions, thus reducing cellular
ATP consumption.

10. Quick and efficient cannulation and transfer of the heart to the
Langendorff system is crucial for the quality of the cardiomyo-
cyte preparations. During the isolation procedure, the cannula
should not be inserted too deeply into the aorta, as this can
lead to mechanical damage of the aortic valve leaflets, causing
inefficient perfusion and poor digestion of the heart. During
the cannulation, most of the blood should be removed from
the heart, as shown in Fig. 1b, c. To make the cannulation
easier, use of a dissection microscope or magnifying glasses is
recommended. While transferring the heart to the Langen-
dorff apparatus, special care should be taken on preventing air
entering the coronary vasculature, as this may lead to emboli
and microvascular obstruction with detrimental effects on out-
come, i.e., quality and yield of cardiomyocytes. The total time
taken from the moment of opening the thorax until the heart is
mounted and perfused on the Langendorff system should be as
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short as possible to avoid cell damage caused by ischemia and
hypoxia. We recommend a time of less than 6 min and usually
perform these steps within 3–5 min.

11. The time taken from the moment when the heart stops beating
until the enzyme solution reaches the heart (i.e., the time in
Ca2+-free solution) should not exceed 4 min, as a critical time,
above which reintroduction of Ca2+-containing solution causes
massive damage of the heart with release of large amounts of
lactate dehydrogenase, a phenomenon termed “calcium para-
dox” [16]. In Ca2+-free solution, the surface glycocalyx of the
cardiomyocytes gets disrupted and intercalated discs are sepa-
rated. This results in an increased Ca2+ permeability of the
sarcolemma, leading to contracture and cell death after resto-
ration of extracellular Ca2+ concentration [17]. Furthermore,
elevated intracellular Na+ levels after exposure to Ca2+-free
solution accompany the development of the calcium paradox,
favoring Ca2+ overload when extracellular Ca2+ is elevated back
to normal levels (due to activation of reverse mode Na+/Ca2+

exchange) [17]. Thus, limiting the time of exposure of the
heart to Ca2+-free solution is crucial to attenuate the calcium
paradox and to minimize membrane damage by EGTA (which
by itself is able to separate the glycocalyx from the sarcolemmal
lipid bilayer). Therefore, if necessary, you should readjust the
speed of the peristaltic pump in this step to achieve this goal.

12. The duration of the digestion varies and could last any time
between 20 and 80 min. It depends on several factors, includ-
ing enzyme activities (see Note 4), age, sex and strain of rat or
disease model (cardiac remodeling). When we use healthy male
Wistar-Kyoto rats aged 12–16 weeks [9, 10], typical digestion
times using type 2 collagenase and type XIV protease are in the
range of 20–40 min. When using older rats or rat models
exhibiting cardiac remodeling, in particular fibrosis, digestion
times increase. For example, for old (15–20 months) sponta-
neously hypertensive rats with a high degree of cardiac hyper-
trophy and fibrosis, digestion times of 40–80 min are required.
Maintenance of the heart temperature at 37 �C throughout the
Langendorff perfusion is also critical for the successful diges-
tion of the heart. This is accomplished by using water bath-
jacketed tubes for keeping the circulating enzyme solution at
37 �C and by immersion of the perfused heart in a water bath-
jacketed organ bath filled with enzyme solution. In this way,
the heart is digested more efficiently from inside and outside
(see Fig. 2b). For successful digestion of the heart and a high
yield of viable isolated cardiomyocytes, however, the enzymes
should be used at the lowest effective concentrations to mini-
mize the risk of cell injury by hydrolysis of crucial surface
residues. In addition, the extracellular Ca2+ concentration
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during enzymatic digestion of the heart must be sufficiently
high (0.2 mM) to preserve the structural integrity of the sarco-
lemma and glycocalyx, attenuating injury of cardiomyocytes
from the calcium paradox and allowing for sufficient activity
of collagenase, but—at the same time—low enough to ensure
separation of the cells at their intercalated discs [3, 4, 17]. The
enzyme solution can be recirculated during longer digestion in
order to minimize the amount of the enzymes used.

13. The best sign that the atria are well digested is if you can easily
pull them off the heart with the forceps without cutting them.

14. Aiming to restore physiological extracellular Ca2+ concentra-
tion, Ca2+ concentration should be increased gradually and
slowly to allow the atrial myocytes to return to normal intra-
cellular Ca2+ concentration without the risk of Ca2+

overload [3].

15. It is possible to separate the right and left ventricle for isolation
of right and left ventricular myocytes. The easiest way is to cut
off first the right ventricular wall for isolation of right ventric-
ular myocytes and to use the remainder (left ventricular wall
with septum) for the isolation of left ventricular myocytes.

16. To facilitate the release of ventricular myocytes, dissociate the
ventricular tissue by gently pipetting the tissue pieces using
plastic Pasteur pipettes with differently sized, manually cut
openings (7, 5 and 3 mm diameter) until the large pieces of
ventricular tissue are dispersed in the cell suspension. Avoid,
however, vigorous agitation to prevent mechanical stress and
cell injury.

17. Similarly, as in the case of atrial myocytes, in order to prevent
cell damage, the extracellular Ca2+ concentration should be
increased stepwise to allow the cells to reach normal intracellu-
lar Ca2+ concentration without becoming Ca2+ overloaded.
Ventricular myocytes, however, are less sensitive to this Ca2+

adaptation than atrial myocytes. Therefore, less adaptation
steps are required. After the filtration step, do not centrifuge
the cell suspension to precipitate the cells. Let them settle
down by gravity and take great care while aspirating and adding
solutions during Ca2+ adaptation. Do not try to aspirate the
entire supernatant and always add the solutions gently to the
wall of the falcon tube without mixing the cell suspension.

18. Immediately after the isolation, healthy cardiomyocytes with
distinct cross-striations may be quiescent or show a few irregu-
lar contractions. The low-frequency spontaneous activity, how-
ever, disappears with time. Moribund cells, on the other hand,
show constant high-frequency spontaneous contractions, often
in a wave-like manner, and finally develop contracture. Dead
cells can be identified as round, granulated debris. The average

52 Jelena Plačkić and Jens Kocksk€amper



yield of intact viable ventricular myocytes that can be achieved
with our protocol is �70% (range �50–90%). This depends—
again—on the age of the rat and the degree of cardiac remodel-
ing such that digestion of older and more remodeled hearts
(more fibrosis) usually results in lower yields. For atrial myo-
cytes, in general, the yield is slightly (�10%) lower than for
ventricular myocytes. Ventricular myocytes typically remain in
good condition for up to 12 h after isolation, atrial myocytes
for up to 8 h after isolation.

19. Laminin is used to foster attachment of the cells to the cover-
slips. Glass coverslips or glass-bottomed culture dishes should
be coated with 50 μg/mL laminin (diluted in Ca2+ solution
2 or PBS) for 1–2 h at room temperature. After the incubation
period, remove the remaining laminin, plate the cells and allow
them to attach for about 20 min before being loaded with
fluorescent dyes.
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Chapter 4

Cardiomyocyte Differentiation from Mouse Embryonic
Stem Cells

Adam T. Lynch, Silvia Mazzotta, and Stefan Hoppler

Abstract

In vitro generated mammalian cardiomyocytes provide experimental models for studying normal mamma-
lian cardiomyocyte development, for disease modeling and for drug development. They also promise to
inform future therapeutic strategies for repair of injured or diseased myocardium. Here we provide reliable
protocols for differentiation of mouse embryonic stem cells into functional cardiomyocytes, together with
Notes about trouble shooting and optimizing such protocols for specific cell lines.

Key words Mouse embryonic stem cell, Cardiomyocytes, Heart, In vitro differentiation

1 Introduction

Embryonic stem (ES) cells are pluripotent cells derived from the
inner cell mass (ICM) of the early blastocyst [1, 2], which can be
propagated ex vivo under appropriate conditions. When cultured in
pro-pluripotency conditions, ES cells can self-renew indefinitely. In
contrast, addition of pro-differentiation factors can induce ES cells
to differentiate into any of the approximately 200 cell types com-
prising an adult organism [3]. This therefore makes them a power-
ful model to study developmental process with relative ease [4], and
also offer potential in regenerative medicine therapies [3]. Various
protocols have been developed to direct pluripotent stem cells into
the cardiovascular lineage. In this chapter we focus on protocols
using mouse ES cells (mESCs), while the following chapter (see
Chapter 5) describes protocols for human ES cells (hESCs). When
ES cells are cultured as three-dimensional spheroids, termed
“embryoid bodies” (EBs), they are capable of differentiating into
derivatives of all three germ layers (endoderm, mesoderm, and
ectoderm), and can spontaneously generate beating cardiomyo-
cytes [5, 6]. However, the proportion of cardiomyocytes within
this population is often very low, usually less than 3%, and also relies
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upon the use of animal-derived products in culture. More recent
efforts to generate enriched cultures of cardiomyocytes have sought
to recapitulate embryonic development more faithfully by manip-
ulating those signaling pathways in vitro which normally control
cardiac development in vivo. Such protocols have succeeded in
recapitulating heart development step by step, differentiating plu-
ripotent stem cells into functional cardiomyocytes by careful expo-
sure to growth factors or bioactive small molecules at appropriate
developmental stages. In contrast to the embryoid body approach,
highly enriched populations of cardiomyocytes (98% in some cell
lines) can be generated in feeder-free conditions [7]. To accomplish
studying heart development and disease mechanisms accurately and
reliably, efficient protocols to direct the differentiation of pluripo-
tent stem cells into cardiomyocytes are therefore required. In this
chapter, we outline protocols to differentiate mouse ES cells into
cardiomyocytes, which can be used as a model to study embryonic
heart development.

2 Materials

All solutions should be sterile and prepared endotoxin-free. Many
vendors provide cell culture-grade reagents preprepared and ster-
ilized for convenience. Reagents should be stored according to the
manufacturer’s instructions, and prepared media should be stored
at 4 �C unless otherwise stated. All work should be carried out in
class II laminar flow cabinets, and all materials entering the cabinets
should be sprayed with 70% ethanol first. Cells should be main-
tained and differentiated in a dedicated, humidified cell culture
incubator set to 37 �C and 5% CO2. The morphology of pluripo-
tent stem cells and differentiated cells should be observed with an
inverted light microscope.

1. Feeder-dependent or feeder-independent mouse ES cells such
as E14-Tg2A [8] or R1 [9]. Cell lines can be purchased com-
mercially from several vendors, including the ATCC cell bank.
Mouse ES cells used here are in the so-called naı̈ve state of
pluripotency [10].

2. ES LIF Media: Prepare by supplementing Glasgow’s Minimal
Essential Media (GMEM), 10% fetal bovine serum (FBS) (see
Note 1), 2 mM L-glutamine, 1� nonessential amino acids,
1 mM sodium pyruvate, 0.1 mM β-mercaptoethanol,
1000 U/mL leukemia inhibitory factor (LIF) (for source, see
Note 2).

3. EB Differentiation Media: Prepare by supplementing Dulbec-
co’s Modified Eagle’s Medium (DMEM), 15% FBS, 2 mM
L-glutamine, 0.1 mM nonessential amino acids, 1 mM sodium
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pyruvate, 0.1 mM β-mercaptoethanol, 50 μg/mL L-
ascorbic acid.

4. Dulbecco’s phosphate buffered saline (D-PBS) without Mg2+

or Ca2+ (2.67 mM KCl, 1.47 mM KH2PO4, 136.9 mM NaCl,
and 8.1 mM Na2HPO4, pH 7.4).

5. Trypsin (0.05%)–EDTA (0.5 mM) in D-PBS. Filter-sterilized
(0.22 μm filter).

6. 70% ethanol (v/v).

7. 100 mm cell culture-treated petri dishes (Nunc™).

8. 6-well cell culture-treated plates.

9. Flat bottomed, cell culture-treated 96-well plates (Greiner).

10. 0.1% gelatin solution: 0.1% (w/v) gelatin from porcine skin
(Sigma. See Note 3) dissolved in MilliQ water or D-PBS.
Autoclave to sterilize.

11. 0.4% Trypan Blue Solution.

12. Cryopreservation media: 50% FBS, 40% ES LIF medium, 10%
DMSO. Store at �20 �C for 1 year.

13. DMEM/F-12 (already combined).

14. N2B27 2i + LIF medium: N2B27 is a fully defined, serum-free
basal medium which can be purchased ready-prepared or
assembled in-house. This comprises DMEM/F-12 combined
at a 1:1 ratio with 1� N-2 Supplement (Gibco): Neurobasal®

Medium (Gibco) containing 1� B-27 minus vitamin A supple-
ment (Gibco). When the medium is required for ES cell culti-
vation, aliquots of N2B27 medium are supplemented with
1 μM PD0325901, 3 μM CHIR99021, and 1000 U/mL
LIF. Use 2i LIF medium within 1 week.

15. Serum-free differentiation (SFD) medium: prepare by assem-
bling 3 parts IMDM (Iscove’s Modified Dulbecco’s Medium)
to 1 part Ham’s F-12, supplemented with 2 mM L-glutamine,
50 μg/mL L-ascorbic acid, 1� N-2 supplement, 1� B-27
supplement (Gibco), 0.05% BSA (bovine serum albumin),
and 4.5 � 10�4 M MTG (α-monothioglycerol).

16. Cardiomyocyte differentiation medium: prepare by supple-
menting 1� StemPro-34 medium with 2 mM L-glutamine,
0.45 mM ascorbic acid, 5 ng/mL human VEGF, 10 ng/mL
bFGF, and 50 ng/mL FGF10.

17. TryPLE Express (Gibco) or StemPro-34 Accutase® (Gibco).

18. Activin A (R & D, prepare according to manufacturer’s
instructions).

19. BMP-4 (R & D, prepare according to manufacturer’s
instructions).
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20. Human-VEGF (R & D, prepare according to manufacturer’s
instructions).

21. b-FGF (R & D, prepare according to manufacturer’s
instructions).

22. FGF10 (R & D, prepare according to manufacturer’s
instructions).

23. StemPro™-34 medium (Gibco).

3 Methods

Some mouse ES cell lines require culturing on a feeder layer of
mitotically inactivated mouse embryonic fibroblasts (MEFs),
whereas other cell lines can be cultured feeder-free. For ease of
manipulation, feeder-free cell lines are recommended. This proto-
col will deal with feeder-independent mouse ES cell lines. Should
feeder-dependent cells be used, various well-established protocols
exist which describe the feeder-dependent maintenance of ES
cells [11].

3.1 Subculture

of Mouse ES Cells

in Serum-Containing

Medium

1. Prepare a 100 mm cell culture-treated petri dish by flooding
with 10 mL of 0.1% gelatin. Place in the 37 �C cell culture
incubator for 30 min prior to use.

2. Thaw a vial of cryopreserved feeder-independent mouse ES
cells (such as E14-Tg2A cells) in a 37 �C water bath until
only a small ice crystal remains. Immediately transfer to the
hood and dilute the thawed cells 1:10 into prewarmedDMEM,
and centrifuge at 300 � g for 5 min to pellet the cells. Aspirate
off the media to remove the DMSO and resuspend the cells in
10 mL of ES LIF medium. Plate out approximately 1 � 106

cells per 100 mm plate in 10 mL ES LIF media per plate.

3. Grow the ES cells in a humidified 37 �C cell culture incubator
in 5% CO2. Feed the cells daily by aspirating off the old media
and gently replacing with 10 mL of prewarmed ES LIF
medium. After 2–3 days, the plate should be nearly confluent.

4. Upon reaching 70–90% confluence, aspirate off the media and
wash with prewarmed D-PBS. Add 2.5 mL of trypsin–EDTA
solution and place into the tissue culture incubator for
2–3 min. Cell detachment is complete if colonies are visibly
moving when the plate is angled and tapped.

5. Neutralize the trypsin by adding 7.5 mL of prewarmed ES LIF
medium. Transfer the cell suspension to a sterile 15 mL Fal-
con™ tube and gently centrifuge at 300 � g for 5 min at room
temperature to pellet the cells.
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6. Aspirate off the medium and thoroughly resuspend the cell
pellet in 10 mL of ES LIF medium. It is important to thoroughly
disperse the clumps into single cells by gently pipetting up and
down, to prevent undesired differentiation.

7. Using a hemocytometer or automatic cell counter, count the
number of cells and calculate the concentration of cells. For
greater accuracy, use 0.4% trypan blue solution to determine
the number of viable cells.

8. Plate out approximately 1 � 106 cells onto a 0.1% gelatin-
coated 100 mm plate, taking note of the passage number (see
Note 4). The remaining cells can be cryopreserved (see below).

9. To cryopreserve cells, use a hemocytometer or automatic cell
counter to count the number of cells. Centrifuge the cells at
300 � g for 5 min and resuspend the cell pellet at a concentra-
tion of 1–2 � 106 cells/mL in prechilled cryopreservation
media. Dispense 1 mL aliquots of cell suspension into cryovials
and transfer to Mr. Frosty™ Freezing Container. Immediately
place the container in a �80 �C freezer, and transfer to liquid
N2 the next day for long-term storage.

3.2 Differentiation

of Mouse Embryonic

Stem Cells

Mouse Embryonic stem cells differentiate into a variety of cell
types, including cardiomyocytes, when cultured as Embryoid Bod-
ies (EBs). Various protocols exist for the generation of EBs [6]. In
general, there are two main approaches. One method employs the
hanging drop protocol whereby droplets of ES cells are pipetted
onto the lid of a petri dish, which is then inverted, causing the ES
cells to coalesce under gravity to generate spheroids and undergo
differentiation (Fig. 1). The second approach uses suspension cul-
ture in which ES cells are cultivated in noncoated petri dishes and
allowed to spontaneously generate three-dimensional aggregates.
The suspension culture technique is beneficial for the large-scale
generation of EBs, but produces aggregates of significantly differ-
ent sizes. The first protocol will describe the more reproducible
hanging drop method (Subheading 3.2.1). The second protocol,
described later in Subheading 3.2.2 uses EBs generated by suspen-
sion culture. EB-mediated differentiation of ES cells using conven-
tional protocols (such as the one described in Subheading 3.2.1)
generates fewer than 3% mature cardiomyocytes, as determined by
intracellular flow cytometry for TNNT2 [12]. More recent proto-
cols (e.g., Subheading 3.2.2) have succeeded in generating
enriched cardiomyocyte populations containing approximately
70% TNNT+ cells, and therefore may be more appropriate to
study cardiac development in greater detail [7, 13]. Whilst this
second protocol (Subheading 3.2.2) represents the most efficient
method for generating cardiomyocytes to date from mouse ES
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cells, it is absolutely imperative to predetermine the optimal con-
centration of BMP4 and Activin A by titration (see Note 5). This
protocol also employs EBs for day 0–4 of differentiation (Fig. 3)
(see Note 6). This method also utilizes serum-free conditions to
maintain the ES cells [14], in contrast to the conditions described
in Subheading 3.1 (see Note 7).

3.2.1 Embryoid Body-

Mediated Differentiation

into Cardiomyocytes

1. Trypsinize cells as above (Subheading 3.1, steps 4 and 5). After
centrifugation, thoroughly resuspend the cells in EB differen-
tiation medium. It is essential to ensure a single-cell suspen-
sion. Count the number of cells accurately using a
hemocytometer or automatic cell counter. For embryoid
body (EB) generation, it is advisable to use 0.4% trypan blue
exclusion during the cell count for increased accuracy.

2. Calculate the number of cells required so that a 25 μL droplet
will contain 1000 cells.

3. Using a multichannel pipette, dispense 25 μL droplets onto the
lid of a nontreated 150 mm bacterial-grade petri dishes
(Fig. 1). Ensure droplets do not touch each other.

4. Flood the base of the petri dish with D-PBS and carefully invert
the droplet-containing lid.

5. Place into the cell culture incubator for 4 days. If molecular
analyses are to be undertaken, use a P1000 pipette tip to collect
EBs from each day of differentiation and isolate RNA/protein
(including day 0) (see Note 8).

6. After 4 days (96 h post-differentiation), carefully transfer each
droplet, containing one embryoid body each, onto a 0.1%
gelatin-coated 12-well plate. Place approximately 10 EBs into
each well, containing 1 mL of EB differentiation media.

7. The next day (day 5), the EBs will have attached to the dish and
will begin to undergo extensive morphological changes (Fig. 2).

8. Feed the cells every day with EB differentiation media. Sheets
of spontaneously contracting cells will usually be observed by
day 8, using an inverted light microscope.

Fig. 1 Schematic representation of the differentiation of mouse ES cells into
cardiomyocytes by embryoid bodies (EBs) via hanging drops. EBs are generated
by using a multichannel pipette to dispense 25 μL droplets containing 1000 cells
per droplet onto the lid of a 150 mm bacterial-grade petri dish. The dish is
inverted to allow the formation of spheroids by gravity, which undergo
spontaneous differentiation when cultured in prodifferentiation media
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3.2.2 High-Efficiency

Differentiation of Mouse ES

Cells into Cardiomyocytes

1. Prepare a tissue culture-treated 6-well plate by flooding each
well with 2 mL of 0.1% gelatin. Place in the 37 �C incubator for
30 min.

2. Thaw a vial of cryopreserved, low passage number E14-Tg2A
mouse ES cells (see Note 4) in a 37 �C water bath until only a
small ice crystal remains. Immediately transfer to the hood and
dilute 1:10 in prewarmed DMEM/F-12 and centrifuge gently
at 300 � g for 5 min at room temperature to pellet the cells.
Aspirate off the DMSO-containing medium and thoroughly
resuspend the cells into single-cell suspensions in N2B27
2i + LIF medium. Plate approximately 0.4 � 106 cells per
well of a 0.1% gelatin-coated 6-well plate.

3. Feed the cells daily for 2–3 days (with fresh N2B27 2i + LIF
medium), until 70–90% confluence is reached. Mouse ES colo-
nies cultured in 2i + LIF medium are prone to detachment (see
Note 9), and therefore pour media gently when feeding.

4. Upon reaching 70–90% confluence, remove the medium and
carefully wash with D-PBS. Add 500 μL of TryPLE Express or
Accutase® and place into the 37 �C cell culture incubator for
3–5 min until the colonies have detached.

5. Dilute the detached cells with 2 mL of prewarmed DMEM/F-
12 and pool the wells together into a 15 mL Falcon™ tube.
Centrifuge at 300 � g for 5 min and remove the supernatant.

6. Thoroughly resuspend the cells into single-cell suspensions in
SFD medium and count the number of cells with a hemocy-
tometer or automatic cell counter, performing trypan blue
exclusion.

Fig. 2 Timeline of Embryoid body (EB)-mediated differentiation of mouse ES cells into cardiomyocytes. Mouse
ES cells are cultured in serum-containing media until confluent. To generate EBs, ES cells are generated by
hanging drops (Fig. 1) for 4 days. After 4 days, EBs are directly plated out onto 0.1% gelatin-coated wells to
enhance cardiac differentiation. Spontaneous contraction is typically observed after day 10
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7. In nontreated bacterial-grade petri dishes, plate out
7.5 � 104 cells/mL in 10 mL of SFD medium to generate
EBs as free-floating spheroids. Place into the cell culture incu-
bator for 48 h (Fig. 3).

8. After 48 h, collect the EBs in a 15 mL Falcon™ tube and allow
the aggregates by gravity to settle to the bottom of the tube, or
centrifuge gently (300� g for 5 min). Carefully aspirate off the
medium and wash gently with D-PBS. Allow the EBs to resettle
(or centrifuge gently) and aspirate off the D-PBS. Add 1 mL of
Accutase® or TryPLE and place into the cell culture incubator
for 3–5 min. Homogenize the cells to break up the EBs into
single cells. Upon dissociation, add 9 mL of DMEM/F-12 and
centrifuge at 300 � g for 5 min.

9. Remove the supernatant and thoroughly resuspend the cell
pellet in SFD medium supplemented with 5 ng/mL Activin A,
0.25 ng/mL BMP-4 (see Note 5), and 5 ng/mL VEGF. Plate
out 7.5 � 104 cells/mL in SFD medium plus growth factors in
100 mm nontreated bacterial-grade petri dishes (as in step 7).
Leave in the incubator for a further 48 h.

10. At day 4 of differentiation, prepare a flat-bottomed tissue
culture-treated 96-well plate by flooding the wells with
100 μL of 0.1% gelatin, and place in the cell culture incubator
for 30 min.

11. Dissociate the EBs as in step 8. Carefully count the number of
cells using a hemocytometer or automatic cell counter

Fig. 3 Timeline of the growth factor-induced, high-efficiency differentiation of mouse ES cells into cardio-
myocytes. Mouse ES cells are cultured in 2i LIF media (serum-free) until confluent. Embryoid bodies (EBs) are
then generated as a suspension culture for 2 days in serum-free differentiation (SFD) medium. After 2 days,
EBs are dissociated and then reaggregated in SFD medium supplemented with Activin A, BMP4, and VEGF (see
Note 7). After a further 2 days, EBs are dissociated and plated out in a monolayer in SFD medium
supplemented with VEGF, bFGF, and FGF10. Spontaneously contraction is typically observed after day 8 of
differentiation
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incorporating trypan blue exclusion. Plate out 470,000 cells/
cm2 (1.25 � 105 cells/well) in a 0.1% gelatin-coated, flat-
bottomed tissue culture-grade 96-well plate in cardiomyocyte
differentiation medium.

12. Feed the cells every day with cardiomyocyte differentiation
medium. Spontaneous contraction will typically be observed
by day 8.

13. If desired, quantify the differentiation efficiency by flow cyto-
metry (see Note 10).

3.3 Protocol

Variations

and Applications

The EB-mediated differentiation of mouse ES cells into cardiomyo-
cytes is a simple and widely used protocol to study cardiac develop-
ment without the requirement for expensive reagents or time-
consuming protocol optimization. However, the low efficiency of
TNNT+ cells generated in this approach is problematic to study
cardiac differentiation in isolation. The high-efficiency differentia-
tion protocol described here is the most efficient method to direct
the differentiation of mouse ES cells into cardiomyocytes to date
[7], and has been utilized in multiple publications to study cardiac
development [13, 15]. A variation on this protocol utilizes a
monolayer-based approach, bypassing the necessity to generate
and dissociate EBs [16], but is less efficient at generating cardio-
myocytes. Other protocols have been described in the literature to
differentiate mouse ES cells into cardiomyocytes by manipulation
of Wnt/β-catenin signaling. Stimulation of Wnt/β-catenin signal-
ing during early differentiation [17] or inhibition during later
stages [18] enhances cardiac differentiation in EBs. However, no
protocol for mouse ES cells manipulating Wnt/β-catenin signaling
alone has yet generated enriched populations of cardiomyocytes
comparable to the well-established protocol in human ES cells
[19] (see Chapter 5). See Note 10 for further characterization of
in vitro differentiated cardiomyocytes.

4 Notes

1. Many different commercial suppliers provide FBS which differs
significantly in price and suitability. For ease-of-use, stem-cell
qualified FBS is available which has been preselected for culti-
vation of ES cells. However, non-ES cell-qualified FBS can also
be used if it is tested in-house for its suitability to maintain ES
cells in an undifferentiated state. For labs wishing to save
money on FBS, it is common practice to acquire small samples
(often provided free-of-charge) of different lots of FBS and
cultivate ES cells in the different lots to determine which FBS
batch is most suitable. Suitability is assayed in-house as previ-
ously described [20]. Higher concentrations of FBS (such as
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15–20%) might also be required to maintain mouse ES cells in
an undifferentiated state, and should be predetermined for
each specific cell line.

2. Concentrated LIF can be purchased commercially (ESGRO,
Millipore) or can be generated in-house by transfection of
Cos7 cells with a LIF-bearing plasmid (such as pCAGGSLIF)
and harvesting the conditioned medium [21].

3. For stem cell protocols it is often important to optimize the
exact conditions for successful differentiation or maintenance
of pluripotency. While we have not always tested several differ-
ent suppliers, but where we found that switching suppliers
might affect the success of the protocol, we have listed the
supplier that we use successfully with the protocols
presented here.

4. It is good practice to take note of the passage number (i.e., the
number of times cells have been split). Although mouse ES
cells have the capacity to self-renew indefinitely, continual sub-
culturing can lead to karyotypic abnormities including chro-
mosomal translocations, trisomy, loss of Y-chromosome in
male cell lines, and X-chromosomal instability in female cells
[22]. Whilst it is possible to check the karyotype by chromo-
somal counting and molecular diagnostics, a general rule-of-
thumb is to only utilize cells at low passage numbers, ideally
below P30. It is preferable to use serum-containing medium
for long-term propagation (see Note 7).

5. Titration of BMP4 and Activin A concentrations must be per-
formed prior to initiating differentiation, regardless of the cell
line used. Small variations in concentrations of these growth
factors significantly affect the outcome of differentiation and
must therefore be optimized. It is also recommended to titrate
every time a new batch of BMP4 or Activin A is purchased, as
subtle differences in concentration will affect cardiomyocyte
yield.

6. A variation of this protocol utilizes a monolayer-based
approach, bypassing the requirements for EBs during differen-
tiation, but leads to reduced cardiomyocyte yields compared to
EB-mediated method [16].

7. Recent evidence suggests that long-term cultivation of mouse
ES cells in serum-free conditions causes chromosomal abnorm-
alities and epigenetic erasure [23]. To maintain a normal kar-
yotype, it is therefore recommended that cells are routinely
cultivated in serum-containing media, and adapted to serum-
free media prior to differentiation. Once cells have been
adapted to serum-free, they can be immediately differentiated
or stocks frozen, and used for differentiation at a later time
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point. Cells should not be routinely subpassaged in serum-free
conditions.

8. Due to the smaller size of the EBs during the early time course
of differentiation, more EBs will be needed for molecular
analyses earlier during differentiation (days 1–5), compared to
later on, when EBs have grown to a larger size. Collect at least
20 EBs per experimental day for RNA and protein extraction
during early differentiation and approximately 10–15 EBs for
later stages.

9. It may be preferable to supplement N2B27 2i LIF medium
with 2% FBS. This helps to maintain good attachment of the ES
cell colonies when using trypsin-EDTA [24]. Alternatively, use
Accutase instead of trypsin-EDTA to split the cells.

10. Whilst RT-qPCR and immunoblotting can be used to identify
cardiomyocyte markers (such as TNNT2 andMYH6), the most
efficient and accurate method to quantify the proportion of
mature cardiomyocytes in the differentiated population is to
utilize flow cytometry for TNNT2 [13].
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Chapter 5

Cardiomyocyte Differentiation from Human Embryonic
Stem Cells

Silvia Mazzotta, Adam T. Lynch, and Stefan Hoppler

Abstract

In vitro generated human cardiomyocytes hold the ultimate promise for heart patients for repair of injured
or diseased myocardium, but they also provide experimental models for studying normal cardiomyocyte
development, for disease modeling and for drug development. Here we provide reliable protocols for
differentiation of human embryonic stem cells into functional cardiomyocytes, together with Notes about
troubleshooting and optimizing such protocols for specific cell lines. This chapter also briefly discusses
other published protocols and those further adapted for differentiation of induced pluripotent stem cells
into cardiomyocytes.

Key words Human embryonic stem cells, Human pluripotent stem cells, Human induced pluripotent
stem cells, Human cardiomyocytes, Human heart development, In vitro differentiation, Wnt signaling

1 Introduction

Human embryonic stem cells were first isolated and described in
1998 [1]. The potential of human embryonic stem cells (hESCs) is
particularly exciting as it offers great opportunities for future thera-
pies in regenerative medicine [2]; additionally, hESCs represent
experimentally accessible models for studying human developmen-
tal biology [3]. Originally, hESCs were efficiently maintained
in vitro by culturing them on a feeder layer of mitotically inactivated
mouse embryonic fibroblasts [1]; however, a number of feeder-free
protocols were later developed [4]. Various protocols have also
been developed to direct human pluripotent stem cells into the
cardiovascular lineage [5]. Improvements to cardiomyocyte differ-
entiation protocols came particularly from the observation that
temporal modulation of Wnt/β-catenin signaling enhances cardiac
differentiation in ES cells [6, 7]. More recent efforts to generate
enriched cultures of cardiomyocytes have sought to recapitulate
embryonic development more faithfully by manipulating those
signaling pathways in vitro which normally control cardiac
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development in vivo. Such protocols have succeeded in recapitulat-
ing heart development step by step, differentiating pluripotent
stem cells into functional cardiomyocytes by careful exposure to
growth factors or bioactive small molecules at appropriate develop-
mental stages. Highly enriched populations of cardiomyocytes
(up to 98% using some human pluripotent stem cell lines) can be
generated in fully defined, animal-free culture conditions [8], and
have been successfully transplanted into primate models of myo-
cardial infarction [9]. In addition to generating enriched popula-
tions of cardiomyocytes for regenerative therapies, pluripotent stem
cells can also be used to study the mechanistic basis of cardiovascu-
lar diseases. By using induced pluripotent stem (iPS) cells [10]
derived from patients with genetic cardiac diseases, iPS cells can
be differentiated into cardiomyocytes to study the mechanistic basis
underpinning diseases affecting the development of the heart
[11]. Additionally, these patient-derived cardiomyocytes can also
be utilized in high-throughput drug screens to develop novel drugs
to treat cardiomyocyte dysfunction [12]. To accomplish studying
heart development and disease mechanisms accurately and reliably,
efficient protocols to direct the differentiation of pluripotent stem
cells into cardiomyocytes are therefore required. In this chapter, we
outline protocols to differentiate human ES cells into cardiomyo-
cytes, which can be used as a model to study human embryonic
heart development.

2 Materials

All solutions should be sterile and prepared endotoxin-free. Many
vendors provide cell culture-grade reagents preprepared and ster-
ilized for convenience. Reagents should be stored according to the
manufacturer’s instructions, and prepared media should be stored
at 4 �C, unless otherwise stated. All work should be carried out in
class II laminar flow cabinets, and all materials entering the cabinets
should be sprayed with 70% ethanol first. Cells should be main-
tained and differentiated in a dedicated, humidified cell culture
incubator set to 37 �C and 5% CO2. The morphology of pluripo-
tent stem cells and differentiated cells should be observed with an
inverted light microscope.

2.1 Feeder-

Dependent Human ES

Cell Culture

1. Human ES cells [such as WA07 (H7) or WA09 (H9), WiCell].
Human embryonic stem cells used here are in the so-called
primed state of pluripotency [13].

2. CF-1 mouse embryonic fibroblasts (MEFs), mitotically inacti-
vated via γ-irradiation or mitomycin-C treatment (see Note 1).

3. 6-well plates (Corning, Costar) (see Note 2).

4. 15 mL Falcon® Tubes.

68 Silvia Mazzotta et al.



5. 0.1% gelatin solution: 0.1% (w/v) gelatin from porcine skin
dissolved in MilliQ water and autoclaved to sterilize.

6. MEFmedia: DMEMGlutaMAX, 1� nonessential amino acids,
15% fotal bovine serum (see Note 3), 0.0007%
β-mercaptoethanol, 1� penicillin/streptomycin.

7. hESC media: DMEM/F-12 (Gibco), 15% KnockOut Serum
Replacement (KSR; Gibco) (see Note 3), 2 mM L-glutamine,
140 μM β-mercaptoethanol, 4 ng/mL Basic FGF, 1� nones-
sential amino acids, 1� penicillin/streptomycin.

8. D-PBS without Mg2+ or Ca2+ (2.67 mM KCl, 1.47 mM
KH2PO4, 136.9 mM NaCl, and 8.1 mM Na2HPO4, pH 7.4).

9. Cryopreservation Media: prepare by combining 90% KSR with
10% DMSO.

10. Cryovials.

11. Mr Frosty™ Freezing Container.

2.2 Feeder-

Independent Human

ES Cell Culture

1. Human ES cells [such as WA07 (H7) or WA09 (H9), WiCell].
Human Embryonic Stem cells used here are in the so-called
primed state of pluripotency [13].

2. 6-well tissue culture-treated plates.

3. 15 mL Falcon® Tubes.

4. Corning® Matrigel® hESC-qualified Matrix (see Note 2).

5. mTeSR1 (STEMCELL Technologies).

6. Accutase®.

7. D-PBS without Mg2+ or Ca2+ (2.67 mM KCl, 1.47 mM
KH2PO4, 136.9 mM NaCl, and 8.1 mM Na2HPO4, pH 7.4).

8. Y-27632 (ROCK inhibitor, make up a stock solution of 10 mM
in D-PBS).

9. Cryopreservation Media: 90% KSR, 10% DMSO.

10. Cryovials.

11. Mr Frosty™ freezing container.

2.3 Human ES Cell

Differentiation into

Cardiomyocytes

1. Corning® Matrigel® hESC-qualified Matrix (see Note 2).

2. D-PBS without Mg2+ or Ca2+ (2.67 mM KCl, 1.47 mM
KH2PO4, 136.9 mM NaCl, and 8.1 mM Na2HPO4, pH 7.4).

3. 12-well plates (Corning, Costar) (see Note 2).

4. IWP-2 (Wnt signal inhibitor, make up stock solution of 5 mM
in DMSO).

5. Y-27632 (ROCK inhibitor, make up a stock solution of 10 mM
in D-PBS).

6. RPMI.
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7. B-27 supplement without insulin.

8. B-27 supplement with insulin.

9. CHIR99021 (GSK3 inhibitor, make up stock solution of
25 mM in DMSO).

10. Wnt signaling activating medium: RPMI medium containing
1� B-27 supplement without insulin, supplemented with
12 μM CHIR99021.

11. Wnt signaling inhibiting medium: RPMI medium containing
1� B-27 supplement without insulin, supplemented with
5 μM IWP2.

3 Methods

Traditionally, mitotically inactivated mouse embryonic fibroblast
(MEF) feeder cells were considered crucial to support and maintain
human ES cells in the undifferentiated state (Subheading 3.1).
However, in recent years reliable strategies for the culture of
human ES cells independently of feeder cells have been introduced
(Subheading 3.2). These initially relied on the use of Matrigel-
coated plates and mTeSR™1 media, but more recently several
alternatives have been introduced to the market, offering equal or
improved strategies to expand human pluripotent ES cells.

As compared to feeder-dependent cultures, feeder-free cultures
are often more reproducible and reliable, bypassing issues such as
quality/quantity of feeder cells, and batch-to-batch variability of
the serum used to supplement MEFs media or the KnockOut
serum replacement used to supplement hESC media. Although
both methods are described below, feeder-free culturing is strongly
recommended for more robust and reproducible results.

Relatively recent advances in the field have also led to the
development of efficient and reproducible protocols for in vitro
differentiation of cardiomyocytes. Importantly, when cells are
maintained on feeders, depletion of the feeder layer is required for
human ES cell differentiation into cardiomyocytes.

The cardiomyocyte protocol described in Subheading 3.3 is
adapted from Lian et al., and was chosen among others as it allows
for differentiation of human ES cells cultured independently of
feeders into up to 98% cardiomyocytes [8]. Before starting this
protocol, human ES cells must be grown in feeder-free conditions
for at least three passages. However, human ES cells can generally
be adapted from feeder-dependent culture to feeder-independent
culture, therefore both strategies for maintaining pluripotent hES
cells are described here.
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3.1 Feeder-

Dependent

Maintenance of Human

ES Cells

The first steps (1–7) describe the preparation of theMEF feeder cell
layer:

1. Coat a 6-well plate in gelatin (see Note 4), by adding 1.5 mL
0.1% gelatin solution per well and incubating at room temper-
ature for at least 15 min.

2. While gelatin coating is completing, retrieve a frozen vial of
mitotically inactivated MEFs containing 900,000 cells and
thaw contents into 37 �C waterbath.

3. Transfer contents of the vial to a 15 mL Falcon® Tube and
dilute 1:10 with MEF medium.

4. Gently centrifuge the tube for 5 min at 300 � g to pellet the
cells.

5. Discard the supernatant and carefully resuspend the pellet in
12 mL MEF medium.

6. Discard gelatin from wells by aspiration and gently dispense
2 mL MEFs per well to plate out the cells.

7. Incubate overnight at 37 �C, and expect plated cells to have a
70–80% confluence after 24 h (see Note 5).

The following steps (8–13) describe the establishment of
human ES cell culture:

8. Once MEFs have attached in culture, thaw a vial of cryopre-
served human ES cells in a 37 �C water bath (see Note 6).

9. Dilute the thawed clusters of cells (colonies) 1:10 into pre-
warmed hESC media in a 15 mL Falcon® Tube and gently
centrifuge at 300 � g for 5 min to pellet the cells.

10. Gently aspirate off the media to remove the DMSO and resus-
pend the cells in 12 mL prewarmed hESC media gently, to
avoid dissociating the hESC colonies (see Note 6).

11. Aspirate media from gelatin-coated plate containing MEFs,
and gently wash once in warm D-PBS.

12. Tap the Falcon® Tube containing the human ES cell to mobi-
lize colonies. Dispense 2 mL of cell suspension per well gently,
to avoid disrupting the feeder layer. Swirl the plate to ensure
even distribution of colonies, and incubate at 37 �C for 48 h
(see Note 7).

13. After this initial incubation of 48 h, feed cells daily in hESC
media, until colonies reach 70–80% confluency. Upon reaching
70–80% confluency, split cells (see Note 8).

The following steps (14–23) describe the splitting of a conflu-
ent human ES cell culture:

14. Discard culture media and rinse once in 2 mL D-PBS.

15. Remove D-PBS and add further 2 mL D-PBS per well. Incu-
bate at 37 �C for 5–15 min, then observe colonies under the
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inverted light microscope. Incubation can be stopped when
colony edges are lifting.

16. Scrape colonies in D-PBS with the tip of a 5 mL pipette,
making sure to hold the pipette perpendicular to the well.
Make sure not to break colonies excessively.

17. Carefully transfer colonies to a 15 mL Falcon® Tube and add
hESC media to a final volume of 10 mL. Colonies will still be
visible as small aggregates, so let them settle at the bottom of
the tube by gravity for 5–10 min at room temperature. Do not
prolong this incubation to avoid carrying MEF contamination.

18. Carefully discard supernatant and resuspend colonies in 100 μL
hESC media per well. Do not pipette up and down to avoid
breaking colonies.

19. Remove media from a new MEF-containing plate and rinse in
2 mL D-PBS; remove D-PBS and dispense 2 mL hESC media
per well of a precoated MEF-containing plate, as described
above (steps 1–7).

20. Tap the Falcon® Tube containing the human ES cell to mobi-
lize colonies. Using a p200 tip, gently pipette 100 μL of
resuspended colonies per well.

21. Rock the plate back-and-forth to evenly distribute cells and
incubate at 37 �C for 48 h.

22. After this initial incubation of 48 h, feed cells daily in hESC
media, until colonies reach 70–80% confluency (as in step 13,
see Note 7).

23. Upon reaching required confluency, cells can be split again
(steps 14–23) or frozen (steps 24–26) (see Note 8).

The following steps (24–26) describe the freezing down of a
human ES cell culture:

24. To freeze cells, repeat steps 14–17; carefully discard superna-
tant and resuspend the pellet in cryopreservation media.

25. Aliquot 1 mL cells per cryovial and store in Mr Frosty at
�80 �C overnight.

26. Transfer to liquid nitrogen the following day.

3.2 Feeder-

Independent

Maintenance of Human

ES Cells

1. Prepare a 6-well plate by coatingwells withMatrigel (seeNote9).

The following steps (2–6) describe the establishment of human
ES cell culture:

2. Thaw a vial of cryopreserved human ES cells in a 37 �C water
bath until only a small ice crystal remains. Transfer to the hood
and immediately dilute the thawed cells 1:10 into prewarmed
DMEM/F-12 and gently centrifuge at 300 � g for 5 min to
pellet the cells. Aspirate off the media to remove the DMSO
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and resuspend the cells in 12 mL prewarmed mTeSR1 medium
containing 10 μM Y-27632.

3. Dispense 2 mL of the cell suspension per well into all 6 wells of
a Matrigel-treated 6-well plate (see Note 10). Rock the plate
back-and-forth to ensure equal distribution of cells.

4. Grow the ES cells in the cell culture incubator for 48 h, with no
media change (see Note 7).

5. After day 2, feed the cells daily with mTeSR1 (without
Y-27632) by aspirating the old medium and carefully replacing
with fresh media. After 2–3 days, the plate should be 70–90%
confluent.

6. Upon reaching 70–90% confluency, proceed to splitting (see
Note 8).

The following steps (7–13) describe the splitting of a confluent
human ES cell culture:

7. Discard culture media and rinse once in 2 mL D-PBS.

8. Discard D-PBS and add 1 mL of prewarmed Accutase per well.
Place plate in the incubator for 5–10 min until single cells can
be observed under the microscope.

9. Upon detachment, gently dilute the Accutase by adding 3 mL
of PBS. Transfer the cell suspension to a sterile 15 mL Falcon™
tube and centrifuge at 300 � g for 5 min to pellet the cells.

10. Aspirate off the supernatant and gently resuspend the pellet in
3 mL mTeSR1 containing 10 μM Y-27632. Carefully count
the number of cells using a haemocytometer or automatic cell
counter incorporating trypan blue exclusion.

11. In a Matrigel-coated plate (see Note 9), plate 1.6 � 104 cells/
cm2 in the appropriate volume of mTeSR1 containing 10 μM
Y-27632.

12. Feed the cells daily with mTeSR1 medium (without Y-27632)
until the wells are 70–90% confluent.

13. Upon reaching required confluency, cells can be split again
(steps 7–13) or frozen (steps 14–16) (see Note 8).

The following steps (14–16) describe the freezing down of a
human ES cell culture:

14. To freeze cells, repeat steps 7–9 in this section; discard super-
natant and resuspend the pellet in the appropriate volume of
cryopreservation media.

15. Aliquot 1 mL cells per cryovial and store in Mr Frosty at
�80 �C overnight.

16. Transfer to liquid nitrogen the following day.
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3.3 Differentiation

of Human ES Cells into

Cardiomyocytes

1. Prepare hESC culture (Subheading 3.1, steps 14–22, or Sub-
heading 3.2, steps 7–12) (see Note 11).

2. Upon reaching 70–90% confluency, aspirate the medium from
plate/flask and rinse with D-PBS.

3. Proceed to cell detachment as described above (Subheading
3.2, steps 6–8).

4. Dispense 1.25–5� 104 cells/cm2 (1.9� 105 cells per well) in a
Matrigel-coated 12-well plate (see Note 12).

5. Feed the cells daily with mTeSR1 medium (without Y-27632)
for an additional 2 days.

6. After these 2 days (considered Experimental Day 0, see Fig. 1),
rinse cells with D-PBS and feed them in prewarmed Wnt sig-
naling activating medium (see Note 13).

7. Exactly 48 h later (Experimental Day 2), rinse the cells with
D-PBS and feed them in prewarmed Wnt signaling inhibiting
medium.

8. Exactly 48 h later (Experimental Day 4), rinse the cells with
D-PBS and feed them in prewarmed RPMImedium containing
1� B-27 supplement without insulin.

9. Exactly 48 h later (Experimental Day 6), rinse the cells with
D-PBS and feed them in prewarmed RPMImedium containing

Fig. 1 Differentiation of human ES cells into cardiomyocytes by small-molecule inhibitors. Human ES cells are
cultured in feeder-free conditions in mTeSR1 medium for 3 days. Monolayer differentiation is then performed
by exposing the human ES cells to the Wnt/β-catenin agonist CHIR99021 for 2 days. After 2 days, the
differentiating cells are exposed to the Wnt signaling inhibitor IWP2 for a further 2 days. At day 4 of
differentiation, IWP2 is removed and spontaneously contracting cardiomyocytes are typically observed by
day 9–10 of differentiation
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1� B-27 supplement (with insulin). Keep cells in this media for
additional 4 days. Expect to observe spontaneous contraction
between days 7 and 9 (see Note 14).

10. If desired, quantify the differentiation efficiency by intracellular
flow cytometry (see Note 15).

3.4 Protocol

Variations

and Application

to Human iPS Cells

The protocol discussed in this chapter is a variation of a previously
published [14] efficient method to differentiate human ES cells
into cardiomyocytes. This protocol is based on the temporal mod-
ulation of Wnt signaling [8]. A very similar protocol has recently
been adapted for differentiation of cardiomyocytes from human iPS
cells [15]. While this protocol is widely used, several other varia-
tions exists and have recently been reviewed [16] including differ-
entiation in minimum, fully defined conditions [17] or coaddition
of the Wnt/β-catenin antagonist XAV939 to enhance cardiac dif-
ferentiation [18]. Alternatively, cardiomyocytes can also be gener-
ated by exposure to Activin, BMP4, and LY294002, an inhibitor of
phosphoinositide 3-kinases during early differentiation, followed
by later inhibition of Wnt signaling [14]. The protocols described
here generate mixed populations of cells containing atrial, ventric-
ular, and pacemaker-like cells. Through differential retinoic acid
signaling, highly enriched populations of atrial or ventricular cells
can be generated in vitro [19], which offer great promise in differ-
entiating specific subsets of cardiac cells for potential regenerative
therapies. Various other methods have also been described
(reviewed in [5, 16]) with varying differentiation efficiencies.

4 Notes

1. MEFs can be purchased ready-inactivated from various com-
mercial suppliers. Alternatively, MEFs can be either isolated
directly from mouse embryos, or purchased non-inactivated
from commercial vendors. The MEFs are expanded for 3–4
passages and then mitotically inactivated by either mitomycin-
C treatment or exposure to γ-irradiation. To perform this, the
reader is directed to a previously described protocol [20]. We
usually source our ready-inactivated MEFs from
MTI-Globalstem, and the Materials and Methods described
here have been optimized for these cells. If using other suppli-
ers, adjust protocols according to supplier’s instructions for
culturing their inactivated MEFs.

2. For stem cell protocols it is often important to optimize the
exact conditions for successful differentiation or maintenance
of pluripotency. Although we have not always tested reagents
from several different suppliers, we found that switching sup-
pliers might affect the success of the protocol; therefore here
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we list the supplier that we have used successfully to optimize
the protocols presented here.

3. FBS and KnockOut Serum Replacement should be batch
tested, for optimal and reproducible growth of cells.

4. Cell culture can be scaled up or down according to personal
requirements. Other Costar plate formats or tissue culture
flasks can be used as needed. The format chosen will depend
on the number of colonies frozen per vial and will vary between
cell lines. Additionally, variability in cell survival and attach-
ment can be observed even between different frozen stocks of
the same cell type.

5. The quality and quantity of MEFs are crucial for efficient
support of hESC growth in the undifferentiated state. There-
fore each batch of MEFs should be tested for effective inactiva-
tion and plating density prior to use. Effective inactivation can
be confirmed by plating MEFs at a chosen density and count-
ing them after 24 h of culture. Titration of MEF plating density
is recommended for each batch of MEFs. In fact, cell viability
and recovery after thawing are unpredictable, and therefore
each batch of MEFs should be tested to ensure achievement
of 70–80% confluency (following attachment of inactive cells,
rather than growth) in the 24 h following thawing and plating.
While MEFs can be kept in culture for up to 1 week prior use,
with 1–2 media changes provided when required, the use of
fresh MEFs is recommended when possible.

6. Human ES cells intended to be grown on feeder cells must be
frozen as small clumps rather than single cells. Conversely,
human ES cells intended to be grown independently of feeders
can be frozen in either format. However, human ES cells frozen
as single cells should always be thawed in the presence of 10 μM
Y27632, for optimal cell recovery.

7. Cells should be monitored during these 48 h, as media change
might be required in rare occasions. If 24 h after plating severe
cell death is observed, together with spontaneous differentia-
tion, media change should be considered at this stage.

8. Prior to splitting or freezing, observation of hESCs is necessary
under the inverted light microscope, in order to identify possi-
ble differentiating colonies, which typically show irregular mor-
phology and growth in multilayers. Identified differentiating
colonies can be marked with a marker pen at the bottom of the
plate, and removed by aspiration prior to splitting.

9. To culture human ES cells on Matrigel, using human ES cell-
qualified Matrigel is recommended. Matrigel should be thawed
overnight at 4 �C and aliquoted (on ice) out at the dilution
factor recommended by the manufacturer. Aliquots should be
frozen and always kept on ice when handling. To prepare tissue
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cultureware with Matrigel, thaw an aliquot of Matrigel on ice
and dilute into 24 mL of prechilled DMEM/F-12. Coat the
bottom of a 6-well plate with 1 mL of diluted Matrigel and
ensure the surface is fully coated. Incubate at room tempera-
ture for an hour. Alternatively, vessels can be coated and stored
at 4 �C for 1 week (sealed) if not required immediately. Upon
use, aspirate off the diluted Matrigel and immediately flood the
well with an appropriate amount of mTeSR1 medium, making
sure not to disturb the Matrigel layer.

10. Ideally cells should be plated at a density of 1.6 � 104 cells/
cm2, so adjust volumes according to the number of cells frozen
per vial.

11. Human ES cells should be split or passaged in feeder-free
conditions for at least three times before proceeding to cardi-
omyocyte differentiation.

12. Titrating the plating density is strongly encouraged for optimal
results.

13. Titrating the CHIR99021 concentration may be necessary for
efficient cardiac differentiation of specific cell lines. While some
cell death at this stage is expected, if considerable apoptosis is
observed following CHIR99021 treatment, titrate the
CHIR99021 6–14 μM [8].

14. If regularly fed, cells can be maintained contracting in culture
for several weeks. Temporary decreased contraction could be
observed as a consequence of changes in temperature.

15. While RT-qPCR and immunoblotting can be used to identify
cardiomyocyte markers (such as TNNT2 andMYH6), the most
efficient and accurate method to quantify the proportion of
mature cardiomyocytes in the differentiated population is to
utilize flow cytometry for TNNT2 [8].
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Chapter 6

Induction of Human Induced Pluripotent Stem Cells
to Cardiomyocytes Using Embryoid Bodies

Takeshi Hatani, Kenji Miki, and Yoshinori Yoshida

Abstract

Specific cell lineages differentiated from human induced pluripotent stem cells (iPSCs) are promising
sources for cell replacement therapy and are useful biomedical research tools for research on disease
mechanisms and drug discovery. Among the different lineages, cardiac lineage has been one of the most
efficiently differentiated through several established protocols. In this chapter, we describe our reproducible
and highly efficient methodology for differentiating iPSCs into cardiomyocytes using embryoid bodies. We
also describe methods to dissociate iPSC-derived cardiomyocytes and to evaluate iPSC-derived
cardiomyocytes.

Key words Cardiac differentiation, Cardiomyocyte, Embryoid body, Human induced pluripotent
stem cells, Reaggregation

1 Introduction

To differentiate pluripotent stem cells including human embryonic
stem cells and human induced pluripotent stem cells (iPSCs) into
specific lineages, it is advised to recapitulate important steps in early
embryonic development by controlling the activation and inhibi-
tion of different signaling pathways in defined culture conditions
[1]. In cardiac differentiation, pluripotent stem cells follow the fate
of mesoderm. In this early stage, bone morphogenetic proteins
(BMPs) and activin proteins, both of which are members of the
transforming growth factor-β superfamily, wingless/INT proteins
(WNTs), and fibroblast growth factors (FGFs) play key roles
[2]. Managing these signal cascades properly promotes effective
cardiac differentiation. In general, there are two major ways to
induce cardiomyocytes, the embryoid bodies (EBs) approach and
the monolayer approach [1, 2]. In EBs approach, the interaction of
the cells in EBs mimics in vivo embryonic developmental
processes to some extent. Recently, efficient generation of desired
specific cardiac subtypes are reported using modified EB-based
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methods [3, 4]. On the other hand, relatively uniform cardiomyo-
cytes can be differentiated with the monolayer approach without
the complex procedures. The monolayer protocols also do not
require replating steps in some feeder-free iPSC culture systems.
In this chapter, we describe our reproducible and highly efficient
EB method, which was modified from previously reported proto-
cols [5–7].

2 Materials

2.1 Human Induced

Pluripotent Stem Cell

(iPSC) Culture

1. Gelatin from porcine skin: make a 10� stock solution (1% w/v)
dissolved in dH2O and store at room temperature.

2. SNL medium: Dulbecco’s Modified Eagle’s Medium
(DMEM) with high glucose, 7.5% fetal bovine serum (FBS),
2 mM L-glutamine, 50 U/mL penicillin–50 μg/mL
streptomycin.

3. 0.25% trypsin–EDTA.

4. Dulbecco’s phosphate-buffered saline without Ca or Mg
(DPBS (�)).

5. Mitomycin-C: make a 0.4 mg/mL working solution dissolved
in DPBS (�).

6. Recombinant human (rh) bFGF: 200 μL aliquots at 10 μg/mL
in 1 mM DTT-0.1% BSA–DPBS (�) and stored at �30 �C.

7. iPSC medium: ES cell medium (ReproCELL), 4 ng/mL
rhbFGF, 50 U/mL penicillin–50 μg/mL streptomycin.

8. Cell scraper.

9. 100 mm cell culture dish.

10. 60 mm cell culture dish.

11. Collagenase type IV: make a 1 mg/mL stock solution dissolved
in dH2O and store at �30 �C.

12. Calcium chloride: make a 0.1MCaCl2 stock solution dissolved
in dH2O and store at room temperature.

13. Collagenase, trypsin, and KSR (CTK) solution: 0.1 mg/mL
Collagenase type IV, 0.25% trypsin, 20% (v/v) KnockOut
Serum Replacement (KSR), 1 mM CaCl2, all dissolved in
dH2O, and store at �30 �C.

14. 15 mL conical tube.

15. 50 mL conical tube.

2.2 Cardiomyocyte

Differentiation

1. Accumax.

2. Iscove’s Modified Dulbecco’s Medium (IMDM).

3. StemPro-34 SFM (Thermo Fisher Scientific).
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4. L-glutamine: make a 200 mM stock solution and store at
�30 �C.

5. L-ascorbic acid: make a 5 mg/mL stock solution dissolved in
dH2O and store at �30 �C.

6. Transferrin: make a 30 mg/mL stock solution and store at
4 �C.

7. Monothioglycerol: make a 0.135Mworking solution dissolved
in StemPro-34 SFM and store at 4 �C.

8. Matrigel Matrix (Corning): make a 50% (v/v) stock solution
dissolved in IMDM and store at �30 �C.

9. Y-27632: make a 10 mM stock solution dissolved in dH2O and
store at �30 �C.

10. rhBMP4: make a 100 μg/mL stock solution dissolved in 4 mM
HCl–0.1% BSA–dH2O and store at�80 �C, make a 10 μg/mL
working solution dissolved in 4 mM HCl–0.1% BSA–dH2O
and store at 4 �C.

11. rhActivin A: make a 100 μg/mL stock solution dissolved in
0.1% BSA–DPBS (�) and store at �80 �C, make a 10 μg/mL
working solution dissolved in 0.1% BSA–DPBS (�) and store
at 4 �C.

12. rhbFGF: make a 100 μg/mL stock solution dissolved in 1 mM
DTT-0.1% BSA–DPBS (�) and store at �80 �C, make a
10 μg/mL working solution dissolved in 1 mM DTT-0.1%
BSA–DPBS (�) and store at 4 �C.

13. IWP-3: make a 10 mM stock solution dissolved in DMSO and
store at �30 �C.

14. rhVEGF: make a 100 μg/mL stock solution dissolved in 0.1%
BSA–DPBS (�) and store at �80 �C, make a 10 μg/mL
working solution dissolved in 0.1% BSA–DPBS (�) and store
at 4 �C.

15. SB431542: make a 10 mM stock solution dissolved in DMSO
and store at �80 �C.

16. Dorsomorphin: make a 10 mM stock solution dissolved in
DMSO and store at �80 �C.

17. Differentiation medium 1: StemPro-34 SFM, L-glutamine, L-
ascorbic acid, transferrin, monothioglycerol, Matrigel matrix,
Y-27632, and rhBMP4. Concentration and amount are shown
in Table 1.

18. 2�Differentiation medium 2: StemPro-34 SFM, L-glutamine,
L-ascorbic acid, transferrin, monothioglycerol, rhBMP4,
rhActivin A, and rhbFGF. Concentration and amount are
shown in Table 2.
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19. Differentiation medium 3: StemPro-34 SFM, L-glutamine, L-
ascorbic acid, transferrin, monothioglycerol, Matrigel matrix,
IWP-3, rhVEGF, SB431542, and dorsomorphin. Concentra-
tion and amount are shown in Table 3. SB431542 and dorso-
morphin are added depending on the cell lines.

20. Differentiation medium 4: StemPro-34 SFM, L-glutamine, L-
ascorbic acid, transferrin, monothioglycerol, and rhVEGF.
Concentration and amount are shown in Table 4.

21. 96-well U-bottom ultralow attachment plate (Corning).

22. 6-well ultralow attachment plate (Corning).

23. Twenty-five milliliter reagent reservoir.

Table 1
Differentiation medium 1

Products Working solution Final concentration

StemPro-34 SFM

L-glutamine 200 mM 2 mM

L-ascorbic acid 5 mg/mL 50 μg/mL

Transferrin 30 mg/mL 150 μg/mL

Monothioglycerol 0.135 M 0.4 μM

Matrigel matrix 50% (v/v) 0.5% (v/v)

Y-27632 10 mM 10 μM

rhBMP4 10 μg/mL 2 ng/mL

Table 2
2� Differentiation medium 2

Products Working solution Final concentration

StemPro-34 SFM

L-glutamine 200 mM 2 mM

L-ascorbic acid 5 mg/mL 50 μg/mL

Transferrin 30 mg/mL 150 μg/mL

Monothioglycerol 0.135 M 0.4 μM

rhBMP4 10 μg/mL 18 ng/mL

rhActivin A 10 μg/mL 12 ng/mL

rhbFGF 10 μg/mL 10 ng/mL
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2.3 Assessment

of Differentiated Cells

1. 100� Dulbecco’s phosphate-buffered saline (DPBS (+)) Prep-
aration Reagent: make a 1� stock solution dissolved in DPBS
(�) and store at 4 �C.

2. Collagenase type I: make a 2 mg/mL stock solution dissolved
in 25% (v/v) FBS-1� DPBS (+) Preparation Regent and store
at �30 �C.

3. DNase I: make a 1 mg/mL stock solution dissolved in dH2O
and store at �30 �C.

4. Five milliliter flow cytometry tube.

5. 24-well flat-bottom multiwell cell culture plate.

6. 96-well U-bottom tissue culture plate.

Table 3
Differentiation medium 3

Products Working solution Final concentration

StemPro-34 SFM

L-glutamine 200 mM 2 mM

L-ascorbic acid 5 mg/mL 50 μg/mL

Transferrin 30 mg/mL 150 μg/mL

Monothioglycerol 0.135 M 0.4 μM

Matrigel matrix 50% (v/v) 0.5% (v/v)

IWP-3 10 mM 1 μM

rhVEGF 10 μg/mL 10 ng/mL

SB431542a 10 mM 5.4 μM

Dorsomorphinb 2 mM 0.6 μM
a, b These molecules are added depending on the cell lines

Table 4
Differentiation medium 4

Products Working solution Final concentration

StemPro-34 SFM

L-glutamine 200 mM 2 mM

L-ascorbic acid 5 mg/mL 50 μg/mL

Transferrin 30 mg/mL 150 μg/mL

Monothioglycerol 0.135 M 0.4 μM

rhVEGF 10 μg/mL 5 ng/mL
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7. Fibronectin (Sigma-Aldrich): make a 1 mg/mL stock solution
dissolved in dH2O and store at �30 �C.

8. Flow cytometry buffer: 2% FBS (v/v) solution dissolved in
DPBS (�) and store at 4 �C.

9. Saponin.

10. Permeabilization buffer: 0.5% (w/v) saponin solution dis-
solved in flow cytometry buffer.

11. Paraformaldehyde (PFA): make a 4% (g/w) stock solution
dissolved in DPBS (�) solution and store at �30 �C.

12. Normal goat serum.

13. Troponin T (Thermo Fisher Scientific; 1:200).

14. APC goat anti-mouse IgG (BD Biosciences; 1:100).

15. Goat anti-mouse IgG-Alexa Fluor 546 (Life Technologies;
1:400).

16. Hoechst 33342 (Life Technologies; 1:10,000).

17. Bovine serum albumin (BSA).

18. Triton X-100.

19. Blocking buffer: 5% (v/v) normal goat serum, 0.1% (v/v)
Triton X-100, and 0.1% BSA in DPBS (�).

20. PE mouse anti-human CD31 (BD Pharmingen; 2:50).

21. PE mouse anti-human CD49a (BD Pharmingen; 3:50).

22. PE mouse anti-human CD140b (BD Pharmingen; 5:50).

23. PE mouse anti-human CD90 (BD Pharmingen; 1:50).

24. PE/Cy7 mouse anti-human SIRPa (Biolegend; 3:50).

3 Methods

3.1 Maintenance

of iPSCs

1. Add 310 μL of 0.4 mg/mL mitomycin-C solution directly to
the medium in the 100 mm dish culturing SNL feeder cells and
incubate at 37 �C for 2.25 h.

2. Aspirate the mitomycin-C containing medium and rinse twice
with DPBS (�).

3. Add 0.5 mL of 0.25% trypsin–EDTA, swirl to cover the entire
surface of the dish and incubate at room temperature for 2 min.

4. Add 3 mL of SNLmedium to neutralize the trypsin and pipette
the clumps to single cells using a 1000 μL pipette.

5. Count the cells with a TC20 automated cell counter (Bio-Rad)
and dilute the dissociated cells with SNL medium at a concen-
tration of 2.6 � 105 cells per 1 mL.
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6. Seed the mitomycin-C treated SNL feeder cells to a 0.1%
gelatin coated-60 mm dish at 7.8 � 105 cells/dish (e.g.,
3 mL for a 60 mm dish).

7. Shake the dish briefly and place the dish into a 5% CO2 incuba-
tor at 37 �C overnight (see Note 1).

8. Next day, aspirate the culture medium from the dish culturing
iPSCs with approximately 90% confluency and rinse the dish
once with DPBS (�).

9. Add CTK solution (e.g., 0.5 mL for a 60 mm dish) and
incubate at room temperature for 2 min to detach the feeder
cells.

10. Aspirate CTK solution and rinse the dish twice with DPBS (�).
Add iPSC medium to the dish (e.g., 1 mL for a 60 mm dish).

11. Scrape the iPSC colonies using a cell scraper. Pipette them ~5
times to small clumps using a 1000 μL pipette.

12. Seed the iPSC clumps to a prepared SNL feeder dish. The split
ratio is generally between 1:2 and 1:4, which depends on the
cell line.

3.2 Cardiac

Differentiation

We show the schematic procedure for the cardiac differentiation in
Fig. 1. In our experience, the iPSC colonies which cover approxi-
mately 90% of the surface area of the culture dish are suitable for
starting cardiac differentiation (Fig. 2) (see Note 2). We also show
EBs of iPSC-derived cardiomyocytes at day 20 after differentiation
(Fig. 2).

Day 0: Begin differentiation with Differentiation medium 1

1. Aspirate the medium from the dish and rinse once with DPBS
(�). Add CTK solution and incubate at room temperature for
2 min to detach the feeders (see Note 3).

2. Aspirate CTK solution and rinse the dish twice with DPBS (�).
Add Accumax (e.g., 1 mL for a 60 mm dish) and incubate at
37 �C for 5–8 min.

3. Pipette ~3 times with a 1000 μL pipette to dissociate into single
cells and transfer the cells to a 15 mL conical tube (seeNote 4).

Fig. 1 The time course and small molecules used to generate cardiomyocytes by
embryoid body formation

Human iPSC-derived Cardiomyocytes 85



Add 6 mL of IMDM to the tube and centrifuge at 120 � g for
5 min. During this time, prepare Differentiation medium
1 (Table 1) (see Note 5).

4. Aspirate the medium from the conical tube and suspend the
pellet with 1–2 mL of Differentiation medium 1. Count the
cells with a TC20 automated cell counter and dilute the dis-
sociated cells with Differentiation medium 1 at a concentration
of 5000–7000 cells per 70 μL.

5. Transfer the cell suspension to a reservoir and distribute the
suspension to a 96-well U-bottom ultralow attachment plate at
70 μL per well with a multichannel pipette.

6. Place the plate into a 5% O2 (hypoxic) incubator at 37 �C (see
Note 6).

Day 1: Add 2� Add xic) incubator at 32

7. Prepare 2� Differentiation medium 2 (Table 2).

Fig. 2 Phase contrast images of iPSCs (a) and iPSC-derived cardiomyocytes (b). (a) iPSCs grow on mitomycin-
C treated SNL feeders. After 2 days from passage, the confluency is low (left figure). After 6 days from
passage, the confluency is about 90%, and iPSCs are ready for passage and induction into cardiomyocytes
(right figure). Scale bars: 500 μm. (b) iPSC-derived cardiomyocytes start beating at day 7. This image is
pictured at day 20 after differentiation. Scale bar: 500 μm
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8. Transfer 2� Differentiation medium 2 to a reservoir and add
the media to the day 0 plate at 70 μL per well with a multi-
channel pipette (e.g., 140 μL per well totally).

9. Place the plate into a 5% O2 (hypoxic) incubator at 37
�C.

Day 3: Change to Differentiation medium 3 (Reaggregation of
EBs)

10. Transfer EBs from the 96-well U-bottom ultralow attachment
plate to 15 mL conical tubes with a 1000 μL pipette. After EBs
naturally fall, aspirate the supernatant.

11. Add Accumax (e.g., 1 mL for a 15 mL conical tube) and
incubate at 37 �C for 5–8 min. Pipette ~5 times with a
1000 μL pipette to dissociate into single cells (see Note 4).
Add 6 mL of IMDM to the tube and centrifuge at 120 � g for
5 min. During this time, prepare Differentiation medium
3 (Table 3) (see Notes 5 and 7).

12. Aspirate the media from the conical tube and suspend the pellet
with 1–2mL of Differentiation medium 3. Count the cells with
a TC20 automated cell counter and dilute the dissociated cells
with Differentiation medium 3 at a concentration of
20,000–30,000 cells per 100 μL (see Note 8).

13. Transfer the cell suspension to a reservoir and distribute the
suspension to a new 96-well U-bottom ultralow attachment
plate at 100 μL per well with a multichannel pipette.

14. Place the plate into a 5% O2 (hypoxic) incubator at 37 �C (see
Note 6).

Day 7~: Change to Differentiation medium 4

15. Prepare Differentiation medium 4 (Table 4).

16. Transfer EBs from the 96-well U-bottom ultralow attachment
plate to a 6-well ultralow attachment plate (e.g., 25–35 EBs per
well) with a 1000 μL pipette. After EBs naturally fall, aspirate
the supernatant.

17. Add 2 mL of Differentiation medium 4 to a well of a 6-well
plate.

18. Place the plate into a 5% O2 (hypoxic) incubator at 37 �C (see
Note 6).

19. Perform media change every 2–3 days with Differentiation
medium 4. After day 10, place the plate into a conventional
O2 incubator at 37

�C (see Note 6).

3.3 Evaluation

of Differentiated

Cardiomyocytes Using

Flow Cytometry

Day 20 iPSC-derived cardiomyocytes are analyzed using flow cyto-
metry (Fig. 3). Characterization of the efficiency of the cardiac
differentiation can be done using cell surface makers without fixa-
tion or cardiac specific proteins with fixation.
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Fig. 3 Characterization of cardiomyocytes produced by EB formation using flow
cytometry. (a) Flow cytometry analysis shows cardiomyocytes are distributed to
the SIRPa (+) Lineage (�) fraction. The cells used in the analysis are day 20 after
the start of differentiation. (b) Flow cytometry analysis shows cardiomyocytes
are distributed to the Troponin T (+) fraction. The cells used in the analysis are
day 20 after the start of differentiation



1. After EBs naturally fall, change the media from Differentiation
medium 4–2 mg/mL collagenase type I solution containing
10 μg/mL DNase I (e.g., 2 mL to each well of a 6-well plate).
Incubate at 37 �C for 3–4 h (see Note 4).

2. Transfer the media including the EBs to 15 mL conical tubes.
After EBs naturally fall, aspirate the supernatant.

3. Add Accumax (e.g., 1 mL for a 15 mL conical tube) and
incubate at 37 �C for 15–20 min. Pipette ~7 times with a
1000 μL pipette to dissociate into single cells (see Note 4).
Add 6 mL of IMDM to the tube and centrifuge at 120 � g for
5 min.

3.3.1 Characterization

of Differentiated Cells

Using Cell Surface Markers

Without Fixation

1. Aspirate the media from the conical tube and suspend the pellet
with 50 μL of flow cytometry buffer containing PEmouse anti-
human cardiac lineage antibodies (CD31, CD49a, CD90, and
CD140b) and PE/Cy7mouse anti-human SIRPa (seeNote 9).
The dilution ratio is shown above. Transfer the cell suspension
to a 96-well U-bottom plate and incubate at 4 �C for
20–30 min.

2. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of flow cytometry buffer.

3. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of flow cytometry buffer.

4. Analyze with a flow cytometry.

3.3.2 Characterization

of Differentiated Cells

Using Cardiac Specific

Proteins With Fixation

1. Aspirate the media from the conical tube and suspend the pellet
with 200 μL of 4% PFA. Transfer the cell suspension to a
96-well U-bottom plate and incubate at room temperature
for 30 min.

2. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of DPBS (�).

3. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of DPBS (�).

4. Make permeabilization buffer.

5. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of permeabilization buffer.
Incubate at room temperature for 10 min.

6. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 50 μL of permeabilization buffer and
1:200 dilution of a Troponin T mouse monoclonal primary
antibody. Incubate at 4 �C for 30 min.

7. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of permeabilization buffer.
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8. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 50 μL of permeabilization buffer and
1:100 dilution of an APC goat anti-mouse secondary antibody.
Incubate at room temperature for 30 min in dark.

9. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of flow cytometry buffer.

10. Centrifuge at 760 � g for 2 min. Aspirate the supernatant and
resuspend the pellet with 200 μL of flow cytometry buffer.

11. Analyze with a flow cytometry.

3.4 Estimation

of Differentiated

Cardiomyocytes

with Fluorescent

Immunostaining

Day 20 iPSC-derived cardiomyocytes can be evaluated by fluores-
cent immunostaining using an antibody against Troponin T, as
shown in Fig. 4.

1. To coat the wells of a 24-well plate with fibronectin, thaw a
fibronectin stock solution and make 50 μL/mL of fibronectin
solution diluted with DPBS (�). Add 200 μL of fibronectin
solution to each well of a 24-well plate. Incubate at room
temperature for 1 h.

2. Remove the solution, and add 400 μL of Differentiation
medium 4 containing 10,000–20,000 iPSC-derived cardio-
myocytes sorted for SIRPa (+) Lineage (�) using flow cytome-
try. Incubate at 37 �C for 1 day.

3. Aspirate the medium and rinse the plate once with DPBS (�).

4. Remove the media and add 200 μL of 4% PFA. Incubate at
room temperature for 30 min.

Fig. 4 Characterization of cardiomyocytes produced by EB formation using
fluorescent immunostaining. The cells shown here are day 20 from the start of
cardiac differentiation. Scale bar: 100 μm
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5. Make blocking buffer.

6. Wash three times with DPBS (�).

7. Add 200 μL of blocking buffer. Incubate at room temperature
for 30 min.

8. Aspirate the media and add 200 μL of blocking buffer with
1:200 dilution of Troponin T mouse monoclonal primary
antibody. Incubate overnight at 4 �C.

9. Remove the media and wash three times with DPBS (�).

10. Add 200 μL of 0.1% BSA–DPBS (�) with 1:400 dilution of
Alexa Fluor 546 goat anti-mouse IgG. Incubate at room tem-
perature for 2 h in dark.

11. Wash once with DPBS (�).

12. Add DPBS (�) with 1:10,000 dilution of Hoechst. Incubate
for 20 s.

13. Wash once with DPBS (�).

14. Evaluate by fluorescence microscopy.

4 Notes

1. A SNL feeder dish should be used within 2 days.

2. Suitable growth of pluripotent cells is one of the most impor-
tant variables for achieving efficient cardiac differentiation.

3. Long time treatment of CTK solution causes lower cardiac
differentiation efficiency.

4. The number of pipetting times is one of the most important
variables for achieving efficient cardiac differentiation. Adjust
the Accumax treatment time and the collagenase treatment
time to avoid too much pipetting.

5. Matrigel Matrix hardens at room temperature, and Matrigel
Matrix should be added just before use.

6. Cardiomyocyte induction in 5% O2 (hypoxic) incubator in the
first 10 days promotes a higher efficiency in the cardiac
differentiation.

7. Almost all iPSC lines can achieve efficient cardiac differentia-
tion without using SB431542 or dorsomorphin. However,
some iPSC lines achieve more efficient cardiac differentiation
with addition of SB431542 and dorsomorphin to Differentia-
tion medium 3 [6].

8. The number of cells making an EB is also one of the most
important variables for achieving efficient cardiac differentia-
tion. Reaggregation of EBs at day 3 contributes to uniformed
size of EBs and efficient cardiac differentiation.
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9. There is no specific antibody against cardiac cell surface.
Instead, a combination of several cell surface makers, such as
SIRPa and Lineage, is used to purify cardiomyocytes [8, 9]. As
a result, contamination by noncardiomyocytes is a concern. We
have succeeded in purifying iPSC-derived cardiomyocytes
using cardiomyocyte-specific microRNA [10]. We also showed
that iPSC-derived cardiomyocytes on day 20 after starting the
differentiation have the highest engraftment rate in a myocar-
dial infarction mouse model [11].
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Chapter 7

Measuring Cardiomyocyte Contractility and Calcium
Handling In Vitro

Przemek A. Gorski, Changwon Kho, and Jae Gyun Oh

Abstract

In vitro measurements of cardiomyocyte contractility and Ca2+ handling have been used as a platform for
determining physiological consequence of various genetic manipulations and identifying potential thera-
peutic targets for the treatment of heart failure. The Myocyte Calcium and Contractility System (IonOptix)
offers a simultaneous trace of sarcomere movements and changes of intracellular Ca2+ levels in a single
cardiomyocyte. Herein, we describe a modified protocol for the isolation of adult cardiomyocytes from
murine hearts and provide a step-by-step description on how to analyze cardiomyocyte Ca2+ transient and
contractility data collected using the IonOptix system. In our modified protocol, we recommend a novel
cannulation technique which simplifies this difficult method and leads to improved viability of isolated
cardiomyocytes. In addition, a comprehensive analysis of intracellular Ca2+ handling, SR Ca2+ load,
myofilament Ca2+ sensitivity, and cardiomyocyte contractility is described in order to provide important
insights into myocardial mechanics.

Key words Intracellular calcium, Calcium handling, Cardiomyocyte, Contractility, Heart disease

1 Introduction

Intracellular calcium (Ca2+) cycling plays a critical role in regulating
systolic and diastolic function of cardiomyocytes [1, 2]. Numerous
ion channels, transporters, and other intracellular Ca2+ handling
proteins are involved in maintaining proper Ca2+ homeostasis and
defects in these essential molecules often result in a severe malfunc-
tion of cardiomyocytes [3–6]. Therefore, analyses of Ca2+ handling
in healthy and disease conditions can greatly advance our under-
standing of cardiac disease. Due to the lack of suitable immortalized
cardiac cell lines and significant limitations of neonatal cardiomyo-
cytes, isolated adult cardiomyocytes provide a powerful platform
for studying cardiac dysfunction and complement murine models
of heart disease [7–11].

In the present protocol, we describe a fast and reproducible
method for isolating adult murine cardiomyocytes and provide

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
vol. 1816, https://doi.org/10.1007/978-1-4939-8597-5_7, © Springer Science+Business Media, LLC, part of Springer Nature 2018
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instructions on how to obtain a variety of measurements of
cardiomyocyte contractility and Ca2+ handling using the Myocyte
Calcium and Contractility System (IonOptix). Standard analysis of
Ca2+ handling and cardiomyocyte contraction, evaluation of the
sarcoplasmic reticulum (SR) Ca2+ reserve and the rate of diastolic
Ca2+ removal, as well as the assessment of myofilament Ca2+ sensi-
tivity are discussed in detail. Such measurements can be utilized in a
variety of experimental settings to study the effects of small mole-
cules, environmental stressors, infections, or genetic manipulations
on cardiomyocyte function. Together, the use of these techniques
may provide important mechanistic insights into Ca2+-related
signaling pathways and physiologically relevant characterization of
cardiac disease.

2 Materials

2.1 Drugs 1. Heparin sodium: 1000 units/mL.

2. Ketamine–xylazine cocktail: ketamine and xylazine, at a ratio of
5:1, e.g., 65/13 mg/kg.

2.2 Equipment 1. Delicate suture tying forceps (2�): length: 9 cm, tip dimen-
sions: 0.4 � 0.3 mm, curved.

2. Extra fine Graefe forceps (2�): length: 10 cm, tip dimensions:
0.5 � 0.5 mm, straight.

3. Spring scissors: length: 10 cm, tip diameter: 0.2 mm, cutting
edge: 8 mm, straight.

4. Fine scissors: length: 10.5 cm, cutting Edge: 26 mm, straight.

5. Surgical suture: silk, 4-0.

6. Homemade perfusion cannula: See Fig. 1c.

7. Homemade cannula holder: See Fig. 1c.

8. Cell Strainer: Nylon, 100 μm pore size.

2.3 Apparatus 1. Dissecting microscope: Zoom range 1–8�.

2. Fluidic inline heater: internal dead volume is 35 μL/tubing.
3. Syringe pump: for caffeine injection.

4. Langendorff system: constant flow model (3 mL/min).

5. The Myocyte Calcium and Contractility System (IonOptix).

2.4 Solutions 1. Tyrode solution: 125 mMNaCl, 5 mMKCl, 2 mMNaH2PO4,
1.2 mM MgSO4, 5 mM pyruvate, 11 mM glucose, 5 mM
creatine, 5 mM L-carnitine, 5 mM taurine, 10 mM 2,3-buta-
nedione-monoxime (BDM), 25 mM HEPES, pH 7.2.
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2. Enzyme solution: 250 units/mLCollagenase type B, 60 units/
mL Hyaluronidase, Tyrode solution.

3. Ca2+ buffer: 1.2 mM CaCl2, Tyrode solution.

4. Blocking solution: 5% bovine serum albumin (BSA), Tyrode
solution.

5. Caffeine solution: 10 mM caffeine, Tyrode solution.

6. Coating solution: 5 μg/mL laminin, PBS.

7. Fura-2 AM (acetoxymethyl ester form): 1 μMFura-2 AM, Ca2+

buffer.

8. PBS (regular phosphate-buffered saline): 137 mM NaCl,
2.7 mM KCl, 10 mM Na2HPO4, 1.8 mM KH2PO4, pH 7.4.

9. Culture medium: 0.1% bovine serum albumin (BSA), 1� insu-
lin–transferrin–selenium (ITS), 10 mM BDM, 1� CD lipid
(chemically defined lipid concentrate), 1� penicillin/strepto-
mycin solution, M199 medium.

Microscope
a b

c d e

Horizontal cannulation

Cannula holder

perfusion cannula

Cut

right innominate artery

Classic cannulation

aortic valve

Tie

4. rounded tip
3. blunt needle end

1. 25 G needle
2. a polyethylene tube
(I.D.: 0.5mm, O.D.:0.9)

Fig. 1 General overview of the cannulation procedure. (a) Illustration of the horizontal cannulation setup
described herein and (b) the commonly used (classic) cannulation setup. (c) A detailed schematic of the
homemade horizontal cannulation apparatus. (d) Schematic diagram of a mouse heart illustrating the location
of where the aortic arch should be cut off and (e) a proper ligation of the aorta to the Langendorff perfusion
cannula
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3 Methods

3.1 Isolation

and Culture

of Cardiomyocytes

1. Inject mouse with 150 units of heparin sodium into the perito-
neal cavity.

2. Anesthetize mouse via intraperitoneal injection of ketamine–x-
ylazine. After few minutes, confirm that the animal is fully
anesthetized by the lack of toe pinch reflex.

3. Open the abdominal cavity under the xiphoid process with
surgical scissors, lift the xiphoid process and open the chest.
After cutting the inferior vena cava, inject Tyrode solution into
the left ventricular apical region to remove blood from the
chamber (see Note 1). Remove the pericardium, slightly lift
the heart with curved forceps, identify the aortic arch, and
excise the heart from the root of the aorta. Place the heart
into a dish of ice-cold PBS.

4. Hold the aorta with two microdissecting forceps and mount it
onto the Langendorff perfusion cannula (Fig. 1). Firmly ligate
the aorta onto the cannula using surgical sutures (see Notes
2 and 3).

5. Transfer cannulated heart onto the Langendorff perfusion
apparatus. Inspect the tubing and the cannulation needle to
make sure there are no bubbles trapped in the perfusion system
(see Note 4).

6. Perfuse the heart with Tyrode solution for 5 min at a rate of
3 mL/min. Switch the buffer to the enzyme solution and
perfuse for 20 min (see Note 5).

7. Use forceps to grab the aorta and transfer the digested heart
into a dish full of fresh blocking solution. Cut off the atria, the
right ventricle and the atrioventricular junction area, leaving
only the left ventricle (see Note 6).

8. Use fine scissors and forceps to cut the left ventricle into smaller
pieces (~10 mm). Gently pipette the cell suspension up and
down using a sterile 5 mL pipette to further dissociate the
tissue.

9. Filter the cell suspension through a 100 μm nylon mesh filter
into a 15 mL conical tube. Centrifuge at 50 � g for 60 s and
discard the supernatant (see Note 7).

10. Resuspend the cell pellet in a desired volume of culture media
(10 mL) and plate the cell suspension on laminin-coated cover-
slips in an appropriate sized dish. Incubate at 37 �C and 2%
CO2 for 60 min to allow the cells to equilibrate and adhere to
coverslips.

11. Remove plating media from the dish and replace with culture
media. Depending on the experimental conditions, cardiomyo-
cytes can be cultured for up to 72 h (Fig. 2).
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3.2 Simultaneous

Measurements

of Intracellular Ca2+

Transients

and Contractility

1. Power the IonOptix system ensuring that the arc lamp is
initiated first.

2. Prime the buffer circulation system with Ca2+ buffer. Temper-
ature should be held at 37 �C throughout the experiment using
the fluidic inline heater.

3. Incubate cardiomyocytes with Fura-2 AM (1 μM) for 10 min
(see Note 8).

4. Mount a glass coverslip with cardiomyocytes into the perfusion
chamber and fasten.

5. Start perfusing the chamber (1.5 mL/min) with Ca2+ buffer
and pace cardiomyocytes with 1 Hz field stimulation using
MyoPacer field stimulator (10 V, 4 ms) for 5 min.

6. Use 40� objective lens to select a healthy cardiomyocyte (rod
shape, sharp edge, clear cross striations, and no spontaneous
contraction) for recording.

7. Center the selected cardiomyocyte in the field of view, line it up
horizontally, and minimize the background area by adjusting
the cell framing adapter. Adjust the focus of the microscope
until sarcomere striations are clearly visible.

8. To measure cardiomyocyte shortening/relengthening, two
recording tasks are available in the IonOptix system (seeNote 9):

(a) Sarcomere length recording task: Align the sarcomere
zone control (purple rectangular box) on an area of the
cardiomyocyte containing well-defined sarcomeres and
adjust the focus to optimize the peak of the power spec-
trum (red peak).

(b) Cell length recording task: Align the red and green selec-
tion lines on both edges which clearly show contrast
between the cell edge and the background. Check
whether the cursor indicates the edge during contraction.

Fig. 2 Representative example of ventricular and atrial myocytes

Functional Assessment of Cardiomyocytes 97



9. Record the changes of sarcomere/cell length (15–20 stable
contractions) under field stimulation. Since the IonOptix sys-
tem provides simultaneous measurements of the change in the
sarcomere/cell length of cardiomyocytes and Ca2+ recording
of the Fura-2 AM fluorescence (excitation at 360/380 nm and
emission at 510 nm), no additional set up is necessary to obtain
Ca2+ transient data.

3.3 Analysis

of Cardiomyocyte

Contractility and Ca2+

Handling

Once the Ca2+ transients and contractility traces are acquired, data
are analyzed with the IonWizard software according to the follow-
ing instructions:

1. Create an ensemble average from 10 to 20 traces by selecting
“Average Events” from the “Operations” pull-down menu
(Fig. 3a).

2. Exclude any abnormal traces from the source data using inclu-
sion indicators. Any bars drawn in red represent traces excluded
from the current average (Fig. 3b).

3. Select the duration/end time to be analyzed in the ensemble
average trace using transient mark editor.

4. Click the trace analysis button (M Tran) to analyze the ensem-
ble average trace (Fig. 3c).

5. Contractility can be analyzed in a variety of ways:

Fig. 3 Representative example of sarcomeric length measurement using the IonOptix system. (top panel)
Sarcomere length tracing showing traces included and excluded (b) from the analysis. (bottom panel)
Ensemble average of selected contractility traces (a) shown in the top panel. (c) Trace analysis button is
indicated
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For systolic function, one can assess the magnitude of contrac-
tion with fractional shortening or speed of contraction with
time to peak shortening (bl% peak h, Fig. 4a), and maximal
contraction velocity (dep v, Fig. 4b). Diastolic function can be
analyzed by calculating time to 50% relaxation (t to bl 50%,
Fig. 4c) and relaxation velocity (ret v, Fig. 4d).

6. For calcium transient analysis, baseline (bl, Fig. 4e), Ca2+

amplitude (peak h, Fig. 4f), tau (sin exp tau, Fig. 4g), and
time to 50% baseline (t to bl 50%, Fig. 4h) parameters can be
used to compare different data sets.

Fig. 4 (top panel) Ensemble average of contractility tracings after analysis. (a) Peak shortening, (b) contraction
velocity, (c) time to 50% relaxation, and (d) relaxation velocity parameters are indicated. (bottom panel).
Ensemble average of calcium transients after analysis. (e) Baseline, (f) Ca2+ amplitude, (g) tau, and (h) time to
50% baseline parameters are indicated
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3.4 Assessment

of SR Ca2+ Reserve

and Diastolic Ca2+

Removal

Here, we describe how to record caffeine-induced Ca2+ pulses in
isolated cardiomyocytes that can be used to extrapolate data which
primarily reflect the contribution of SERCA2a and NCX to dia-
stolic Ca2+ removal [12–14].

1. Prime a syringe pump with 60 μL of 80 mM caffeine solution
(final caffeine concentration is 10 mM).

2. Start the recording and measure basal Ca2+ transient and con-
tractility at 1 Hz pacing with Ca2+ buffer for 30 s (Fig. 5a).

3. Pause the recording and carefully adjust the position of the
micropipette tip filled with caffeine solution nearby the target
cardiomyocyte.

4. Resume the recording and inject caffeine solution rapidly.

5. To analyze caffeine-induced Ca2+ pulses (Fig. 5b), select only
the pulse with a steep wave for analysis of the calcium removal
function.

6. Measure the amplitude of the caffeine-induced Ca2+ pulse
(peak h, Fig. 5c), indicating SR Ca2+ reserve.

7. Obtain the decay time constant of caffeine-induced Ca2+ pulse
(sin exp tau, Fig. 5d), indicating NCX activity.

3.5 Assessment

of Myofilament Ca2+

Sensitivity

Here, we describe a protocol used to assess the changes in myofila-
ment Ca2+ sensitivity in isolated adult mouse cardiomyocytes.

1. Measure Ca2+ transients and contractility as described in Sub-
heading 3.2.

2. Average the sarcomere length and Ca2+ transient data at steady-
state (10–20 traces) and plot the phase-plane loop of the
changes in sarcomere shortening vs. intracellular Ca2+ levels
(Fig. 6).

Fig. 5 Representative calcium transient trace from a SR Ca2+ reserve and diastolic Ca2+ removal measure-
ment. (a) Initial phase of the experiment during which cardiomyocytes are paced at 1 Hz. (b) Ca2+ transient
after the addition of caffeine into the system. (c) Ca2+ amplitude and (d) tau parameters are indicated
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3. In each plot, define intracellular Ca2+ level at 50% sarcomere
shortening (EC50). Compare the loop plot and EC50 values for
each condition to assess myofilament Ca2+ sensitivity between
the tested groups (see Note 10).

4 Notes

1. Injection of Tyrode solution into the left ventricular apical
region improves enzyme digestion of the heart by reducing
the possibility of blood clotting inside the coronary artery.

2. In this protocol, horizontal cannulation is highly recom-
mended as it presents several advantages over the classic (verti-
cal needle insertion) cannulation method (Fig. 1a, b). First, the
horizontal cannulation procedure can be performed under a
dissecting microscope, which allows for easy visualization of the
aorta leading to improved mounting onto the perfusion can-
nula. Second, cannulation time can be minimized down to
1 min increasing the yield of healthy cardiomyocytes. More-
over, the horizontal cannulation gives a chance to check the
condition of cannulation and rectify it. The condition of can-
nulation can be tested by perfusing Tyrode solution through
the cannula. If cannulation is successful, blood is removed from
the coronary artery. If the blood vessel that was mounted on
the needle is not the aorta, the cannulation procedure must be
repeated. Finally, horizontal cannulation reduces strain on the
heart during mounting, allowing for easier and more accurate
tying of the surgical suture to the cannulation needle.

Fig. 6 Phase-plane plot of the delta changes in sarcomere shortening
vs. intracellular Ca2+ level (Fura-2 ratio, 360/380) with the EC50 value
(intracellular Ca2+ level at 50% sarcomere shortening) indicated
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3. For cannulation of mouse hearts, blunt end needle (25 G)
covered with a polyethylene tube (I.D.-0.50 mm, O.D.-
0.90 mm) is used (Fig. 1c). The distal tip of the tube is rounded
by high heat. Alternatively, a commercial animal-feeding needle
(24G) can be used. The rounded polyethylene tube or the
animal feeding needle will allow to secure the suture over the
groove and prevent the heart from slipping off the cannula
during perfusion.

4. Before cannulation make sure to trim the aorta as indicated in
Fig. 1d (ideally below the aortic root distal to the right innom-
inate artery). It is important to ensure that the end of the
needle rests in the ascending aorta but that it does not extend
through the aortic valve into the left ventricle (Fig. 1e).

5. The heart should appear scarlet over time indicative of proper
enzyme digestion of the connective tissue. The perfusion
should be stopped if the color of the heart turns pale as this
means that cardiomyocytes have already started dying. At this
point it is best to start the isolation again using another mouse
heart.

6. It is important to note that the cell morphology and functional
properties of cardiomyocytes differ significantly depending on
the source. Therefore, before dissociating the heart tissue with
forceps, it is possible to separate the heart into respective
chambers in order to isolate chamber specific cardiomyocytes
as desired (Fig. 2).

7. The supernatant contains nonmyocyte cells, including cardiac
fibroblasts. To culture primary cardiac fibroblasts, centrifuge
the supernatant at 500 � g for 10 min and discard the super-
natant (cell debris). Resuspend the cell pellet in 5% serum
medium and plate the suspension onto cell culture dishes
(uncoated). Incubate at 37 �C in a cell culture incubator with
5% CO2 for 2 h (preplating). At this time viable and healthy
fibroblasts should have adhered to the dish. Check the cell
confluence under the microscope (It should be around 50%.).
Fibroblasts should resemble small spherical bodies.

8. Fura-2 is light-sensitive. Perform all loading procedures and
experiments in the dark.

9. The IonOptix system offers two methods to measure contrac-
tility: one based on measuring the changes of the total cardio-
myocyte length and second based on the changes of sarcomere
length. Total cardiomyocyte length measurements trace the
movement of the two distal cell edges. Some studies report
increases in the full length of cardiomyocytes at diastole as an
index of cardiac hypertrophy [15, 16]. However, the length of
cardiomyocytes from different compartments of the heart
(e.g., atrium vs. ventricle) varies significantly. Usually, the
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variability is higher than the changes in cell length due to
hypertrophy. Therefore, using cardiomyocyte length as an
index of cardiac hypertrophy is not recommended. If necessary,
cardiomyocyte isolation from only one part of the heart (e.g.,
septum only) should be performed to minimize diversity in cell
length. Another method to measure contractility is based on
tracing the movement of sarcomere length. The average sarco-
mere length of healthy cardiomyocytes at diastole is 1.8 μm. If
the cardiomyocyte isolation is not successful and the viability of
cells is low, the intracellular Ca2+ is increased in diastole leading
to shortening of the sarcomere length (~1.5 μm). Therefore,
routine monitoring of the sarcomere length should be helpful
to maintain the consistency between Ca2+ transient and con-
tractility measurements.

10. Higher EC50 value and a rightward shift of the loop trajectory
are indicative of myofilament Ca2+ desensitization. This pro-
cess is primarily caused by changes in the phosphorylation
status of TnI and myobinding protein C which greatly affects
myofilament’s ability to bind Ca2+ [17–19].
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Part IV

Ex Vivo Models



Chapter 8

Langendorff Perfusion Method as an Ex Vivo Model
to Evaluate Heart Function in Rats

Makino Watanabe and Takao Okada

Abstract

The Langendorff Perfused Heart Model is an experimental procedure developed at the end of the
nineteenth century by Oskar Langendorff. In this procedure, an excised heart has a cannula inserted into
its aorta so that the heart can be retrogradely perfused via the coronary artery. The procedure has been
improved in recent times, and these improvements are used to evaluate the direct effect of medication on
the heart as well as the effect of ischemia–reperfusion injury on heart function. In this chapter, we describe
protocols for evaluating heart function in Langendorff perfused rat heart.

Key words Langendorff perfusion, Rat heart, Heart function, Heart rate, Left ventricular pressure,
Coronary perfusion pressure, Irreversible cardiac damage

1 Introduction

The Langendorff perfused heart model is an experimental proce-
dure developed at the end of the nineteenth century by the German
physiologist, Oskar Langendorff [1]. His experimental procedure
was modified, and various types of animal species have been exam-
ined using the modified protocols, including rats, mice, guinea
pigs, ferrets, dogs, cats, and other animals. Oxygenated physiologi-
cal buffer is retrogradely perfused through the coronary artery via
the aorta of an excised heart. During the experiment, heart func-
tions such as heart rate (HR), left ventricular developed pressure
(LVDP), and electrocardiographic data can be recorded. Although
the Langendorff perfusion experiment is not a novel technique, it is
well established, simple, and easy. This allows evaluation of heart
function in isolated heart without the effects of neuroreflexes and
humoral factors, which enables its use for the evaluation of the
direct effects of medications on heart function, drug screening, as
well as evaluation of the effects of ischemia–reperfusion (I/R)
injury on heart function. The present chapter explicates our prepa-
ration method and general recording parameters using our
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constant-flow isolated perfused rat heart model as an example. The
same procedure can be performed on other animals as well. The
experimental equipment and perfusion device will basically remain
the same; however, changes in size may be necessary depending on
the size of the animal (see Note 1).

There are reports on electrocardiogram and cardiac action
potential recording in Langendorff perfused ex vivo hearts by
other researchers [2, 3]. Differences in voltage potentials between
the aortic root as the negative pole and the apex as the positive pole
can be measured, and a waveform resembling that of a lead II
electrocardiogram in human can be recorded. Furthermore, mono-
phasic action potential can be recorded by mounting electrodes
onto the surface of the heart. These techniques are very useful to
evaluate the drug influences on cardiac excitation conduction.

2 Materials

Experimental buffers used in the experiment are prepared with
deionized distilled water (DDW). The reagents to be used should
be of high quality.

2.1 Buffers Table 1 shows the composition of Modified Krebs–Henseleit
buffer, and its recipe for 4� concentration stock buffer solution.
When preparing the buffer solution, dilute the stock buffer solution
(Table 1) four times. Add 2 mL/L CaCl2 solution (1 mol/L) last
(see Note 2). The amount of experimental buffer necessary for
experiment depends on the number of animals, time of the experi-
mental protocol and flow rate.

Table 1
Composition of Modified Krebs–Henseleit buffer, and its recipe for 5 L of
4� concentration stock buffer solution

MW Final conc. (mM) g (for 5 L)

NaCl 58.44 110.0 (90.0) 128.57 (105.19)

NaHCO3 84.01 25.0 42.01

MgSO4/7H2O 246.48 1.2 5.916

KH2PO4 136.09 1.2 3.266

KCl 74.56 4.7 7.009

Glucose 180.16 5.5 19.818

(Sucrose) 342.3 5.5 37.653

Numbers in NaCl bottom line indicate the concentration and amount for stock dissect-

ing solution. For hypoxic perfusion, replace glucose with equimolar sucrose
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1. Modified Krebs–Henseleit buffer (Table 1): NaCl 110.0 mM,
NaHCO3 25.0 mM, MgSO4 1.2 mM, KH2PO4 1.2 mM, KCl
4.7 mM, CaCl2 2.0 mM, glucose 5.5 mM. Adjust pH to 7.4
using hydrochloric acid (HCl). Saturate the solution by bub-
bling it with mixed gas (95% O2–5% CO2). For hypoxic perfu-
sion, replace glucose with equimolar sucrose and bubble it with
95% N2–5% CO2.

2. Dissecting solution: NaCl 90.0 mM, NaHCO3 25.0 mM
MgSO4 1.2 mM, KH2PO4 1.2 mM, KCl 24.7 mM, CaCl2
2.0 mM, glucose 5.5 mM (see Note 3). To prevent blood clot
formation, add 1 mL/L of heparin and adjust pH to 7.4 using
HCl. Saturate the solution by bubbling it with mixed gas (95%
O2–5% CO2). Although it depends on the cannulation and
trimming time, approximately 500 mL dissecting solution is
required for three rat hearts.

2.2 Cannulation

and Trimming

Materials

1. An irrigator (see Note 4).

2. A chamber (see Fig. 1).

3. An auxiliary clip for fixing the cannula (see Fig. 1).

4. An arterial cannula (see Note 5 and Fig. 2).

5. 3-0 silk suture.

2.3 Langendorff

System (Fig. 3)

1. Two peristaltic pumps (see Note 6).

2. Two pressure transducers (for measuring LV pressure and cor-
onary perfusion pressure).

3. Two pressure amplifiers (for measuring LV pressure and coro-
nary perfusion pressure).

4. Data acquisition system or polygraph.

5. A bubble trap.

6. A heart chamber.

Fig. 1 Chamber used for cannulation (left panel), and cannulated heart (right panel). In the right panel, dotted
line indicates the position of incision site on the left atrial appendage for LV balloon insertion
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7. Constant-temperature bath and circulating pump.

8. Two glass hydronic heatings.

9. Two glass ball filters for fluid oxygenation.

10. 5% CO2 mixture gas.

Fig. 2 A magnified view of the cannula structure

Pressure amplifier
for CPP

Pressure amplifier
for LVDP

95% N2
5% CO2

95%O2
5%CO2

Data acquisition system
or polygraph

Peristaltic
pump

1

Peristaltic
pump

2

Bubble trap

Bubble trap

Cover
Hydronic
heating

Released AST 

Heart chamber

Fig. 3 Diagram of the Langendorff perfusion device for hypoxia–reoxygenation. Switching the pumps enables
perfusion of solutions with different oxygen concentration
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3 Methods

3.1 Preparation

of Equipment

An illustration of the perfusion circuit device used in the experi-
ment is shown in Fig. 3. Perform constant-flow perfusion using a
peristaltic pump. Flow rate should be adjusted to coincide as closely
as possible with the heart rate in vivo (seeNote 7). Make the tubing
from the hydronic heating circuit to the peristaltic pump as short as
possible to reduce loss of the dissolved O2 (see Note 8).

1. Prime the irrigator with the dissecting solution bubbled with
mixed gas (see Note 9).

2. Completely remove air bubbles from the tube connections
between the irrigator and the cannula (see Note 10).

3. Hang a 3-0 silk suture to ligate the aorta at the end of the
cannula and fix the cannula using an auxiliary clip. Dip the
cannula tip into the chamber filled with the dissecting solution
(Fig. 1).

4. Warm the perfusate between the peristaltic pump and the heart
using hydronic heating (see Note 11).

5. Any air present within the perfusate will appear as bubbles in
the circuit after warming the solution. Install a bubble trap in
the circuit to release these bubbles. A branching can be made in
the cannula so that one side can be used as a vent line.

6. Once the cannula is branched, one end can be connected to a
pressure amplifier so that coronary perfusion pressure (CPP)
can be measured.

3.2 Dissection

and Heart Isolation

To avoid ischemic preconditioning effects [4], the dissection,
trimming, and experimental areas should be close to each other to
minimize the time it takes to isolate the heart after decapitation,
mounting the heart on the Langendorff perfusion device, and to
begin the experiment.

1. Place the dissecting solution in a 20 mL beaker at room
temperature.

2. Decapitate and exsanguinate a Sprague Dawley rat (weighing
300–350 g) (see Note 12).

3. Incise the skin and muscle layer following the costal margin
starting at the bottom of the xiphoid process (see Note 13).

4. Lift the xiphoid process and cut out the diaphragm along the
costal margin, continue the incisions on both left and right
sides of the ribcage up to the first ribs.

5. Cut out the thymus.
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6. Gently pinch the heart using the thumb and middle finger, and
then insert scissors below it to cut the aorta and excise the heart
(see Note 14).

7. Soak the excised heart in the beaker containing the dissecting
solution.

3.3 Cannulation

and Trimming

1. Insert the cannula into the aorta immediately, ligate the aorta
with a 3-0 silk suture, and perfuse the aorta with dissecting
solution (see Note 15).

2. While perfusing the dissecting solution, trim away any pieces of
lung, trachea, or connective tissue that are attached around the
heart and aorta.

3. Open a hole in the left atrial appendage for LV balloon inser-
tion (Fig. 1, right panel: dotted line shows the position to open
the hole).

4. Once trimming is completed, stop the perfusion, mount the
heart on the perfusion device, and reperfuse immediately
(<30 s) (see Note 16).

5. Insert the LV balloon connected to a catheter into the left
ventricle via the hole in the left atrial appendage (see Notes
17 and 18). Anchor the catheter to the left atrial appendage
with a 3-0 silk suture to prevent the LV balloon from being
pushed out.

6. Fill the LV balloon with DDW until diastolic pressure reaches
2–5 mmHg (see Note 19).

7. The heartbeat will restart within several seconds after switching
the perfusate from the dissecting solution to the modified
Krebs–Henseleit buffer (without recirculation) (see Note 20).

8. Begin the experiment when the heart condition stabilizes after
15–20 min. Keep consistent flow during the experiment.

3.4 Experimental

Protocol for Hypoxia-

Reoxygenation Injury

(see Note 21)

1. Let the heart stabilize with oxygenated modified Krebs–Hen-
seleit buffer for 15–20 min.

2. Switch to hypoxic perfusion with sucrose Krebs–Henseleit
buffer for 30 min (see Note 22).

3. Reoxygenate with modified Krebs–Henseleit buffer for 30 min
(see Note 23).

4. Sequentially collect the coronary effluent during the experi-
ment for measuring released aspartate aminotransferase (AST)
levels (see Notes 24 and 25).

3.5 Data Evaluation LV developed pressure (LVDP) is the difference between the LV
pressure during contraction and relaxation. This is an indicator of
myocardial contractile force; however, as LVDP changes according
to the increases and decreases in HR, the pressure-rate product can
be used as an indicator of heart function [5].
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4 Notes

1. We previously performed Langendorff perfusion on the heart
of an ICR mouse [6]; for a mouse weighing 30 g, we replaced a
cannula with an 18-G blunt-ended needle and a 23-G intrave-
nous cannula in place of a polyethylene tube for the LV
balloon.

2. To prevent precipitation by the hydrogen calcium carbonate
generation, add CaCl2 last.

3. The basis of the dissecting solution is a Modified Krebs–Hen-
seleit buffer. We use a potassium concentration >20 mM,
higher than that of the modified Krebs–Henseleit buffer to
arrest the heartbeat. To adjust the osmotic pressure, we reduce
the concentration of NaCl by 20 mM. Using Ca-free buffer to
arrest the heart can induce severe myocardial necrosis, i.e., Ca
paradox [7]; hence, we do not use these Ca-free buffers.

4. We usually use the constant-flow perfusion system for washing
out the blood in the coronary arteries.

5. For the 3-way stopcock, we use a stainless-steel tube (2.2 mm
outer diameter, 2.0 mm inner diameter) connected via Luer
fittings (Warner Instruments, CT, USA) (Fig. 2).

6. Experiments can be done using a single peristaltic pump, but
using two peristaltic pumps as shown in Fig. 2 allows for better
control of buffer exchange without time loss.

7. In vivo, heart rates of rats and mice are approximately 350 and
600 bpm, respectively. Appropriate flow rate for each heart
should be determined based on the HR recorded during the
preliminary experiments in same sized species. For example, the
perfusion rate should be 13mL/min for the heart of a standard
rat weighing approximately 350 g and 2 mL/min for the heart
of a standard mouse weighing approximately 30 g.

8. For the tubes connecting the peristaltic pump and the hydronic
heating circuit, materials with low gas permeability (Tygon®

tubing) are recommended.

9. When constant-pressure perfusion is not used, a peristaltic
pump can be substituted. In such cases, the flow rate should
be set at �15 mL/min to washout the blood in the coronary
arteries as soon as possible.

10. If air is not completely removed from the circuit, it can enter
the coronary artery when perfusion commences, which can
result in an air embolism.

11. The hydronic heating circuit should be used to regulate the
temperature so that the perfusion fluid entering the heart is
maintained at 37 �C.
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12. When the blood sample of an animal is required, administer
pentobarbital into the peritoneal cavity as an anesthetic
(135 mg/kg) instead of decapitation.

13. For collecting blood, make a longitudinal incision into the
abdomen; then, use a heparinized syringe to collect blood
from the abdominal vena cava, taking care not to injure the
intestine.

14. It is not an issue if the lungs and trachea are excised together.
However, take extra care to leave enough length of the aorta
for cannula insertion.

15. If the cannula is properly inserted, it can be confirmed by
visualization of blood wash out from the epicardial coronary
arteries. If the cannula is inserted too deep, the tip of the
cannula will block the coronary artery ostium, and perfusion
cannot be performed.

16. To avoid air contamination during heart mounting, it is
important to close the 3-way stopcock of the cannula at a
position of 45�.

17. The LV balloon is made from latex. The size of the LV balloon
will change depending on the size of the animal heart used.
While the LV balloons are commercially available from ADIn-
struments (CO, USA) or Radnoti (CA, USA), LV balloon
could be made using a condom (Fig. 4, lower panel). Connect
the balloon to the end of a polyethylene tube with an outer
diameter of 2 mm. Connect the tube to an 18-G blunt end
needle (Warner Instrument, CT, USA), and then connect the
needle to a pressure transducer (Fig. 4, upper panel).

18. The LV pressure can be measured by inserting a DDW-filled
LV balloon attached to a catheter into the LV via the hole in
the left atrial appendage.

19. For the heart of a standard rat weighing approximately 350 g,
the amount of DDW injected into the LV balloon should be
0.2–0.4 mL.

20. HR can be recorded by entering the LV pressure signals into a
data acquisition device, such as a PowerLab™ or polygraph.

21. Peristaltic pump can be stopped for 30 min to induce ische-
mia/reperfusion injury instead of hypoxic perfusion [8]. In
this case, the heart should be immersed in warm modified
Krebs–Henseleit buffer to maintain the temperature without
perfusion.

22. HR and the LV pressure gradually decrease after starting the
hypoxic perfusion. Prolonged hypoxia will cause cardiac arrest.

23. After reoxygenation (or reperfusion), HR and LV pressure
gradually recover. At the end of reoxygenation, HR will
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completely recover but recovery of LV pressure is usually
50–60% of initial condition.

24. We usually collect the coronary effluent at immediately before
hypoxic perfusion, 15 and 30 min after hypoxic perfusion, and
2, 5 and 15 min after reoxygenation. Measuring released AST
levels in coronary effluent provides an indicator for irreversible
myocardial damage. Creatine kinase is the most well-known
cardiac enzyme; however, its instability makes it unsuitable for
long-term sample storage. AST is comparatively stable; there-
fore, collected coronary effluent can be frozen and free AST
levels can be measured later. For using effluent AST level as an
indicator of irreversible myocardial damage, we normalize the
amount of AST with heart weight and time [released AST level
per heart weight per unit of time (IU/min/g)] [5]. During
I/R (or hypoxia–reoxygenation) injury, released AST levels
peaked around 2–5 min after reoxygenation.

25. Since there is no coronary effluent during ischemia in I/R
injury protocol, AST measurement is not available.

Fig. 4 View of the LV balloon as a whole (top), and a close-up view of the balloon
section only (bottom)
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Chapter 9

Methods for the Preparation of an Excised, Cross-Circulated
Rat Heart

Koji Obata and Miyako Takaki

Abstract

The Emax-Pressure-Volume Area (PVA)-VO2 framework proposed by Dr. Suga for canine hearts has
dramatically advanced the field of cardiac mechanical work and energetics, i.e., mechanoenergetics. He
and his collaborators investigated mechanoenergetics in the left ventricle (LV) of excised, cross-circulated
canine heart preparations. We instituted the excised cross-circulated rat whole heart preparations and found
a curvilinear end-systolic pressure–volume relation (ESPVR) in the rat LV, in contrast to the linear ESPVR
in canine, rabbit, and human LVs. Although Emax, the slope of the linear ESPVR, could be used as an index
of LV contractility, it was not applicable for evaluating LV contractility in the rat LV. Thus, we proposed a
new index of contractility, equivalent Emax (eEmax) in the rat LV. We also found a linear VO2–PVA
relationship in the rat LV. Here, we introduce the methods for the preparation of excised, cross-circulated
rat whole hearts and the eEmax-PVA-VO2 framework in the rat LV. Using this method, we can obtain
accurate LV volume and myocardial O2 consumption in real time for estimating cardiac mechanoenergetics,
which is very challenging in in vivo experiments.

Key words eEmax, Oxygen consumption, Mechanical work, Energetics, Pressure-volume area,
Cross-circulation, Excitation–contraction coupling, Ca2+ handling, Langendorff apparatus

1 Introduction

Ex vivo mammalian heart preparations were first reported by Oscar
Langendorff [1], who described an isolated model with retrograde
perfusion using artificial crystalloid solution, i.e., the Langendorff
heart (apparatus). Using this apparatus, the left ventricular (LV)
mechanics with altering pressure, volume, and energetics could be
estimated by measuring the O2 consumption. Many cardiac phy-
siologists and pharmacologists have performed experiments esti-
mating the mechanisms of myocardial function, metabolism, as well
as effects of myocardial inotropic drugs.

Dr. Suga proposed the Emax-Pressure-Volume Area (PVA)-
VO2 framework using the LV of excised, cross-circulated canine
heart preparations [2, 3]. This blood-perfused heart preparation
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was more physiological than the crystalloid-perfused heart prepara-
tion of the Langendorff apparatus. Subsequently, Dr. Takaki and
her colleagues instituted ex vivo small animal heart preparations
such as rats or guinea pigs under the cross-circulation method
[4–6] based on previous methods [7]. Small animal heart prepara-
tions are less expensive and more compliant with animal welfare
than canine heart preparations. Furthermore, rats are frequently
used to create genetically engineered, and pathological models of
human diseases such as transgenic and hypertensive rats, respec-
tively. Although the slope of the linear ESPVR (end-systolic pres-
sure–volume relation), i.e., Emax, could be used as an index of LV
contractility in canine LV, Emax is not applicable for evaluating rat
LV contractility because of a curvilinear ESPVR previously shown
in in vivo rat LV using the conductance catheter method [8]. Thus,
we proposed a new index for LV contractility, an equivalent Emax
(eEmax) [9, 10] and established the eEmax-PVA-VO2 framework
in LVs of rats.

Here, we introduce the method for ex vivo rat heart prepara-
tions with cross-circulation method. Using this method, we can
obtain accurate LV volume (LVV) and myocardial O2 consumption
in real time and can change the LVV (preload) and heart rate
according to designed protocols. Superior accuracy in volume mea-
surements over in vivo evaluation approaches such as echocardiog-
raphy and conductance catheter volumetry is a significant
advantage. In addition, we can examine the direct effects of drugs
on cardiac mechanoenergetics without neurohormonal factors,
i.e. systemic effects. Although, several papers using this method
and eEmax-PVA-VO2 framework have been previously reported,
this is the first report that describes detailed methodology of this
preparation. This method has been used in pathological models
such as those with LV hypertrophy and heart failure [11–13] to
examine pharmacological effects [14–19] as well as the effects of
foreign gene transfer on these models with mechanoenergetic anal-
ysis [20–27]. Furthermore, in transgenic rats, the mechanoener-
getics of SERCA2a-overexpressed hearts were recently reported
using this method [28, 29]. With the excised, cross-circulated rat
heart preparations, technological advancements such as transgenic
rat models can be employed and further promote our understand-
ing in cardiac mechanoenergetics.

2 Materials

2.1 Experimental

Animals and Surgical

Instruments

1. Wistar rats (500–600 g and above) for metabolic supporter and
blood supplier, as well as Wistar rats (350–500 g), or your
experimental model rats (see Note 1) for heart donors.

2. Surgical instrument set: microscissors, surgical scissors, for-
ceps, hemostats, retractors, bulldog clamps.
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2.2 Perfusion

Instruments

1. Polyethylene tube for carotid and jugular cannulae (Fr. No.7,
1.3 I.D. � 2.3 O.D. mm) (see Note 2).

2. Preparation of a thin latex balloon fitted into the LV for mea-
suring the volume and pressure (Fr. No.4, 0.8 I.D. � 1.3
O.D. mm).

3. Pressure transducers.

4. Infusion drip with mesh filter.

5. Precision glass syringe.

6. Venous blood reservoir tube.

7. Oximeter blood oxygen content analyzer.

8. Syringe pumps.

9. Three-way stopcocks.

10. Silicon tube for peristaltic pump (1.6 I.D. � 4.9 O.D. mm).

11. Respirators.

12. Laboratory stand and Clip clamps.

13. Temperature control system (AutoMate Scientific).

14. Peristaltic tubing pump.

15. Disposable syringes (2.5-, 10-, 20-mL).

16. Disposable injection needles (21-gauge).

17. Silk 3-0 sutures.

18. Thermometer.

19. Water bath.

20. Sewing needle.

2.3 Measurement

Instruments

1. Tubing flow measurements.

2. In-line oximeter probe.

3. Custom-made arteriovenous oxygen content difference ana-
lyzer (AVOX) (PWA-200S, SHOE TECHNICA Inc., Chiba,
Japan).

4. AD converter.

5. Blood amplifier.

6. Bioelectric amplifier.

7. Trigger pulse generator.

8. Stimulator.

9. Isolator.

10. Blood lactate analyzer.

2.4 Others 1. Personal computer.

2. Software for recording and analyzing data.
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2.5 Drugs 1. Pentobarbital sodium (50 mg/mL).

2. Heparin (1000 U/mL).

3. 0.5 mol/L KCl in distilled H2O.

4. 1% CaCl2 in distilled H2O.

5. Ringer’s lactate solution.

6. Saline solution.

7. 8.4% sodium bicarbonate.

8. 0.4 mg/mL atropine sulfate salt in saline.

9. 0.5 mg/mL L-phenylephrine in saline.

3 Methods

3.1 Experimental

Preparation

3.1.1 Preparation of

Anesthetized and

Heparinized Rats

In each experiment, three male rats are anesthetized with pentobar-
bital sodium (50 mg/kg) intraperitoneally, and used as blood
supplier, metabolic supporter, and heart donor, respectively.

3.1.2 Preparation of the

Balloon

To measure the LVV and LV pressure (LVP), a thin balloon that
can fit in the LV space is required. The balloon is made from the tip
of a latex condom. The balloon is connected via polyethylene tube
(Fr. No.4) onto the tip of the latex condom filled with water
(to remove air), tied at 11–13 mm from the tip of the balloon
with 3-0 surgical strings. A superfluous part of the latex balloon is
removed, and the opposite side of the polyethylene tube is
connected to a 21-gauge needle with the three-way stopcock,
then connected to a pressure transducer and 0.005-mL precision
glass syringe (see Note 3, Fig. 1).

3.1.3 Priming

Heparinized Saline for all

Tubes

All cannulae and tubes in the perfusion apparatus are thoroughly
washed to remove detergents and primed with 5% heparinized
saline (see Note 4).

1. Warm up custom-made arteriovenous oxygen content differ-
ence analyzer (AVOX) for 30 min and calibrate it with the
water.

2. Prepare syringes (10-, 2.5-mL) filled with 1–2 mL heparin.

3. Calibrate the pressure transducers.

4. Heat up the water bath to 37 �C for heating the circuit.

3.1.4 Collecting Blood

from Blood Supplier Rats

One Wistar rat is used as a blood supplier to extract its blood for
priming the cross-circulation tubing and calibrating the AVOX.
Approximately 15–20 mL of fresh oxygenated blood is obtained
from each rat.
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1. Shave hair off the pectoral and cervical regions of the anesthe-
tized rat using electric razor.

2. Fix the rat on the dissection station.

3. Lift the skin away from the abdominal cavity with forceps, and
then use surgical scissors to cut the skin midsternally from the
abdominal to the cervical site.

4. Identify the trachea in cervical area, partially incise it using the
surgical scissors, and insert the intubation tube into the tra-
chea. Tie the sutures to fix the tube to the trachea.

5. Connect the tube to the respirator and start ventilation
(0.11 � body weight g/mL, 60 cycles/min) (see Note 5).

6. Open the chest midsternally under ventilation with supplemen-
tal O2.

7. Remove the pericardial membrane.

8. Extract the oxygenated blood using a 21-gauge needle stabbed
into the LV apex after injection of heparin (1000–1500 Units/
1.0–1.5 mL) (see Note 6).

9. Load the collected blood onto the arterial and venous cuvettes,
respectively, and calibrate the AVOX using the collected blood.

11-13 mm

Microsyringe and 
pressure transducer

vol=0 vol=0.15

A B C D

a’

b4’ b2’

b3’ b1’

Fig. 1 Schematic illustration and of handmade balloon structure and the images
of the balloon. (a) The handmade balloon for measuring LV volume and pressure
uses the tip of a latex condom. The balloon is connected via polyethylene tube
into the tip of a latex condom filled with water and tied at the 11 to 13 mm from
the tip of the balloon with 3-0 surgical sutures. The tip of the balloon (a0) is tied
with the 3-0 suture (the arrows in c and d) and connected to a sewing needle
with this suture (about 15 cm) (b10). B: A superfluous part is removed from the
latex balloon. The opposite side of the polyethylene tube is connected to a
21-gauge needle with the three-way stopcock (b20) and connected to a pressure
transducer (b30) and precision glass syringe (b40). C: This image shows the
intraballoon water volume of zero, indicating the balloon latex volume is
0.08 mL. D: This image shows the intraballoon water volume of 0.15 mL and
thus a total of 0.23 mL LV volume, indicating the unstretched balloon volume
(not to generate a pressure by itself) is below ~0.25 mL
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3.1.5 Preparation of

Metabolic Supporter Rats

Another rat is used as the metabolic supporter for the excised heart.
The bilateral common carotid arteries and right external jugular
vein of this rat are cannulated and then connected to the arterial
and venous cross-circulation tubing, respectively. The rat is contin-
uously monitored: blood pressure should be maintained at about
100 mmHg (90–130 mmHg), and the body temperature at 37 �C
under ventilation (see Note 7).

1. Repeat Subheading 3.1.4, steps 1–5. Place the heating plate
under the station.

2. Identify the right (or left) external jugular vein, place two
sutures under the vein and tie the distal end of the vein using
one suture.

3. Incise the proximal site of the external jugular vein partially
using the micro-scissors, insert the cannula for venous return
and tie the other suture to fix the cannula to the vein.

4. Connect to the cross-circulation tubing using the three-way
stopcock (Fig. 2, ②) after injection of heparin
(1000–1500 Units/1.0–1.5 mL) into the metabolic
supporter rat.

Microsyringe

CFV A A

1% CaCl2

Flowmeter

Pump

Cuvette for A

AVO2 D

Pressure transducer 

BP

Pressure transducer 

LVV

at 1.0 – 16.0 ml/h during ino-run

Oximeter

Cuvette for V

37°C
Thermometer

Heating probe

37°C

ThermoClampTM-1
Temperature controller

Metabolic 
Support rat

①

②
③④

Fig. 2 Schematic illustration of experimental setting for the excised blood-perfused rat heart. A arterial blood,
V venous blood, AVO2D arteriovenous O2 content difference, BP blood pressure of metabolic support rat that
corresponds to perfusion pressure for the excised heart, CF coronary flow, LVP left ventricular pressure, LVV
left ventricular volume. The all analog data of AVO2D, BP, CF, LVP, and electrocardiogram (ECG) are converted
to the digital format with PowerLab and read the data on PC
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5. Identify the bilateral common carotid arteries, place two
sutures under the arteries and tie the distal site of the arteries
using one suture on both sides.

6. Incise the proximal end of the arteries partially using the micro-
scissors, insert the cannulae for removing blood and tie the
other suture to fix the cannulae to the arteries.

7. Connect the cross-circulation tubing and pressure transducer
with the three-way stopcock (Fig. 2, ①). The pressure trans-
ducer is connected to the blood amplifier to monitor the
systemic blood pressure. During this process, the three-way
stopcock in the cross-circulation tubing should be closed.

8. Measure the rat rectal temperature and place a heating
plate under the body to maintain the temperature at 37 �C
(see Note 7).

9. Initiate additional continuous infusion of pentobarbital sodium
at 7.5 mg/h with a syringe pump to maintain the anesthetic
level in the metabolic supporter rat.

3.1.6 Preparation of

Excised Hearts from

Donor Rats

The cannulae are inserted into the aorta via the brachiocephalic
artery (inflow cannula) and the right ventricle (outflow cannula) via
the superior vena cava of the donor rat heart to connect the cross-
circulation tubings from the metabolic supporter rat. The beating
heart is excised from the body without interruption of the coronary
perfusion and supported by cross-circulation to the metabolic sup-
porter rat. The excised heart is maintained at 37 �C with a temper-
ature control system (see Note 8).

1. Repeat Subheading 3.1.4, steps 1–6.

2. Maintain the operation field using retractors, remove any peri-
cardial membrane and the thymus to improve exposure of the
pulmonary artery, aorta, superior and inferior venae cavae (see
Note 9).

3. Identify the brachiocephalic artery and place two sutures
under it.

4. Tie the distal end of the brachiocephalic artery using a suture.

5. Clamp the proximal end of the brachiocephalic artery using the
bulldog clamp, incise the artery partially using microscissors,
insert the cannula for the blood infusion, remove the bulldog
clamp and tie the other suture to fix the cannula to the artery
following the injection of heparin (1000–1500 Units/
1.0–1.5 mL) (see Note 10).

6. Place one suture under the distal ends of the ascending aorta,
pulmonary artery, and inferior vena cava, respectively.

7. Place two sutures under the superior vena cava and tie the distal
end using one suture.
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8. Incise the superior vena cava partially using the micro-scissors,
insert the cannula for removing blood into the right ventricle
through the right atria, and tie the other suture to fix the
cannula to the superior vena cava.

9. Connect the cannulae to the cross-circulation tubings for
blood infusion and removal.

10. Open the three-way stopcock (Fig. 2, ③ and ④) and start
cross-circulation between the excised heart and the metabolic
supporter rat. Pay attention to the blood pressure in metabolic
supporter rat (see Note 11).

11. Tie the ascending aorta, inferior vena cava, and the pulmonary
artery with the sutures in this order.

12. Cut the brachiocephalic artery, descending aorta, inferior vena
cava, pulmonary artery, and the connective tissues to remove
the heart–lung section.

13. Fix the heart–lung section using laboratory stand with a clip
clamp. Pay attention not to interrupt the coronary perfusion
(see Note 12).

14. Remove the pericardial membrane, lung (cut the pulmonary
veins), and other connective tissues.

15. Incise the left atrial appendage partially using the surgical
scissors to insert the balloon connected to the sewing needle
with thread in the excised beating heart.

16. Insert the needle from the left atrial appendage to the LV apex
and pull down the needle with thread to bring the balloon into
the LV chamber (see Note 13).

17. Connect the pressure transducer to the balloon tube. Check
the developing LVP by infusion of water into the balloon and
tie the balloon tube to the left atrial appendage.

18. Set the handmade pacing-electrodes on right atrial appendage
for electrical pacing.

19. Set the handmade recording-electrodes in LV surface for
electrocardiogram.

3.2 Oxygen

Consumption

Measurements

Myocardial O2 consumption is the product of the coronary flow
and arteriovenous O2 content difference (AVO2D) (Fig. 2).

1. Continuously measure total coronary blood flow with an ultra-
sonic flowmeter, in which the inline flow probe is placed in the
middle of the coronary venous drainage tubing from the right
ventricle.

2. The coronary AVO2D is continuously measured by passing all
the arterial and venous cross-circulation blood through the two
cuvettes of the AVOX.
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3.3 Electro-

cardiogram and

Electrical Pacing

1. The LV epicardial electrocardiogram is recorded with a pair of
handmade recording-electrodes.

2. Maintain the heart rate constant by the electrical pacing of the
right atrium with a pair of handmade pacing-electrodes tipped
with clips at 300 bpm using an electrical stimulator and its
isolator.

3. Adjust the pacing rate to prevent incomplete relaxations or
arrhythmia.

3.4 Myocardial

Temperature

Maintenance

Coronary perfusion of the excised heart is never interrupted during
this preparation, and the excised heart is maintained at 37 �C with
an in-line temperature control system, which is placed before
(about 20 cm) the blood infusion cannula (Fig. 2).

3.5 Experimental

Protocol

After the surgical preparation following the start of cross-circula-
tion, allow the system to achieve hemodynamic stability for at least
30 min. At this time, the vol% value of AVOX must be calibrated
with the oximeter blood oxygen content analyzer using arterial
blood passing through the arterial cuvette and venous blood pass-
ing through the venous cuvette (seeNote 14). Attention should be
paid to maintain the various parameters i.e. blood pressure and
body temperature of the metabolic supporter rat. The systemic
arterial blood pressure of the metabolic supporter rat serves as the
coronary perfusion pressure (90–130 mmHg) (see Notes 15 and
16). After the hemodynamic stability is established, control volume
run (vol-run) is performed first, then an inotropic run (ino-run)
with 1% CaCl2 solution performed second, and a KCl-arrest for
cardiac arrest with 0.5 mol/L KCl is performed last.

3.5.1 Control Volume

Run (Vol-Run)

1. The volume-unloaded VO2 is measured as close to zero as
possible (see Note 17).

2. LVV is changed by adjusting the intraballoon water volume
with the precision glass syringe in 0.025-mL steps from
0.08 mL to 0.23 mL, which is sum of intraballoon water
volume (0, 0.025, 0.05, 0.075, 0.10, 0.125, 0.15 mL) and
balloon latex volume (0.08 mL) (see Note 18).

3. LVP, VO2, and PVA data during isovolumic contractions are
simultaneously obtained at five to six different LVVs in each
heart (Fig. 3).

4. To obtain the accurate data, the vol-run is performed at least
two to three times (see Note 19).

3.5.2 Inotropic-Run

(Ino-Run) During Ca2+

Infusion

After the vol-run, a Ca2+-induced inotropic run (Ca2+ ino-run) is
performed during 1% CaCl2 solution infusion with a syringe pump
(see Note 20).
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1. LVV is fixed at midrange LVV (mLVV) (0.16 mL ¼ 0.08 mL
[V0] plus 0.08 mL [a half value between the minimum and
maximum water volume infused into the balloon]). At first,
LVP, VO2, and PVA data are obtained as zero Ca2+ before the
Ca2+ infusion.

2. The intracoronary infusion of 1% CaCl2 solution is started at
1.0 mL/h and the infusion rate of Ca2+ is gradually increased
from 1.0 to 16.0 mL/h.

3. LVP, VO2, and PVA data at each concentration are obtained
until a decrease in end-systolic pressure (ESP) or arrhythmia
due to Ca2+ overload is detected.

4. To obtain steady-state data, every data point is measured at
3 min- intervals after changing the infusion rate of Ca2+.

3.5.3 KCl-Arrest Finally, to measure the basal metabolic O2 consumption, cardiac
arrest is induced by intracoronary infusion of KCl (0.5 mol/L) at
5–10 mL/h (calculated blood concentration: 0.03 mol/L) using a
syringe pump (see Note 21).

1. The minimum volume loading is used to avoid volume-loading
effects on the VO2 data in KCl-arrest.

Vo
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PVA - independent VO2

PVA - dependent VO2 
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Fig. 3 Schematic illustration of framework of ESPVR-VO2-PVA. (a) LV end systolic and diastolic pressure–LV
volume relation, (b) VO2–PVA relation. V0 systolic unstressed LV volume, mLVV midrange left ventricular
volume, PVA pressure volume area, ESP end systolic pressure. PVA is defined as the area circumscribed by the
curvilinear best-fit ESPVR, EDPVR, and the systolic portions of the ventricular P-V trajectories. PVA is
normalized by LV mass (g). Mean ESP at mLVV (ESPmLVV) and PVA at mLVV (PVAmLVV) are calculated to assess
LV mechanical work and energetics. The VO2–PVA relationship is linear in the rat LV. Its slope represents the
O2 cost of PVA, and its VO2 intercept represents the PVA-independent VO2. The PVA-dependent VO2 is
consumed by myosin ATPase for cross-bridge cycling. The PVA independent VO2 is composed of O2
consumption for Ca2+ handling in excitation–contraction (E-C) coupling and basal metabolism
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2. When cardiac arrest is identified on the electrocardiograms,
VO2 and PVA data are obtained in the steady-state after 3 min.

3. In each steady state, VO2 and PVA data are repeatedly sampled
(two to three times).

4. At the end of the experiment, the LV including the septum
and right ventricular (RV) free wall are weighed separately (see
Note 22).

4 Analysis

4.1 ESPVR and

EDPVR (End Diastolic

Pressure–Volume

Relation) Are Needed

for the Calculation

of PVA, and the

Estimated Systolic

Unstressed

Volume (V0)

The best-fit ESPVR and EDPVR are obtained from five to six
different pressure–volume data with the two different exponential
functions by means of the least-squares method using the Delta-
Graph software in Fig. 3a. The PVA is calculated as the area sur-
rounded by ESPVR and EDPVR (Fig. 3a). Thus, V0 is determined
as the volume-axis intercept of the P-V relation by curve fitting with
an equation (see Note 23).

4.2 VO2–PVA

Relation and VO2 for

Excitation–Contraction

(E-C) Coupling and

Basal Metabolism

Cardiac O2 consumption is obtained as the product of coronary
flow and AVO2D. It is divided by heart rate (beats/min) to obtain
O2 consumption per beat (VO2) in a steady state. The VO2–PVA
relationship is linear in the rat LV (see Note 24, Fig. 3b). Its slope
represents the O2 cost of PVA, while its VO2 intercept represents
the PVA-independent VO2. The PVA-independent VO2 is com-
posed of VO2 in E-C coupling and basal metabolism (Fig. 3b).
Cardiac arrest is induced by intracoronary infusion of KCl
(0.5 mol/L) at 5–10 mL/h to measure the basal metabolic O2

consumption. In addition, PVA-independent VO2 minus the basal
metabolic VO2 is VO2 for Ca

2+ handling in E-C coupling.

5 Notes

1. This protocol is performed under guidelines of your institu-
tion’s animal care and use committee. Any rats can be used to
fit the protocol regardless of the strain, age, and sex without
any transfusion effects, but we recommend using larger animals
to perform easier surgical operation, and use the same strain in
each experiment.

2. The polyethylene tubes are stretched to appropriate diameters
with alcohol ramp for the carotid artery, jugular vein, and
brachiocephalic artery for blood-infusion, and the superior
vena cava for blood-removal in the excised heart. In addition,
some small holes should be made around the tip of the blood-
removal cannula in the excised heart.
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3. The balloon latex volume is 0.08 mL and the maximum
unstretched balloon volume is below ~0.25 mL (Fig. 1).

4. The cannulae and tubes in this perfused apparatus should be as
short as possible so that the dead space of the perfusion circuit
is minimal. To avoid blood coagulation, heparin is adminis-
tered in suitable quantity. The filters are placed under the
excised heart (# 13 mm) and in the infusion drip (# 0.2 mm)
to remove coagulated blood.

5. Supplemental O2 for the metabolic supporter rat is
recommended.

6. The syringe must be pulled as slowly as possible. Do not stop
the heartbeat.

7. Systemic arterial blood pressure of the metabolic supporter rat
is monitored in the arterial perfusion tubing with a pressure
transducer. It serves as the coronary perfusion pressure (about
100 mmHg). The rectal temperature of the metabolic sup-
porter rat is maintained at 36–38 �C throughout the experi-
ment using the heating plate.

8. Temperature control system placed in the line system directly
heats the perfused blood. Attention should be paid not to
overheat the blood to prevent denaturation of serum proteins.

9. Cut the phrenic and vagus nerves running around the donor
heart. The thymus is removed by holding and carefully tearing
with the forceps, to prevent bleeding.

10. Be careful not to insert the cannula too close to the proximal
end of the ascending aorta to prevent the aortic regurgitation.
Failure of proper fixation of these cannulae may cause an
unstable beating of heart preparation, and it may lead to non-
preferred results.

11. Once the perfusion is started, the ventilation of the donor rat
can be stopped, since it is unnecessary for the perfused heart
and the ventilated lung also disturbs the excision of the heart
from the body of the donor rat. If the blood pressure falls
under 100 mmHg, the blood transfusion rate from venous
return tank should be increased. The temperature control sys-
tem should be started to maintain the cross-circulation system
at 37 �C. At this time, the coronary blood flow of a donor heart
is supplied by both the supporter rat and the donor rat itself.

12. The most appropriate position provides the highest coronary
flow of the heart. Manually rotate the cannulae so that the
posterior side of the heart faces the operator. At this time, the
coronary blood flow of a donor heart is only supplied by the
supporter rat. Thus, this operation is very important and
should be performed as quickly and precisely as possible.
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13. In the excised beating heart, the LV apex is punctured with a
sewing needle to drain the thebesian and aortic regurgitant
blood, if any. LV thebesian flow is negligible.

14. The arteriovenous O2 content difference is calibrated to cor-
rect the vol% in the AVOX.

15. Arterial pH, PO2, and PCO2 of the metabolic supporter rat are
maintained within their physiological ranges with supplemental
O2 and by addition of 3–4 mL of 8.4% sodium bicarbonate
solution to the perfused blood throughout the experiment.

16. 0.5–1.0 mL atropine (0.4 mg/mL in saline) and 0.1–0.5 mL
phenylephrine (0.5 mg/mL in saline) can be administered if
necessary. We previously have confirmed that LV mechanoe-
nergetics data obtained by vol-run and Ca2+ ino-run were
constant during 4–5 h after onset cross-circulation [16].

17. Systolic unstressed volume (V0) is determined by filling the
balloon to the level where peak isovolumic pressure, and
hence pressure-volume area (PVA; see Sect. 4 Analysis), are
zero. The sum of the intraballoon water and balloon material
volumes are used as the initial estimate of V0.

18. The infusion of the intraballoon water volume could be per-
formed in this order but not strictly in this order (0, 0.05, 0.10,
0.15, 0.125, 0.075, 0.025 mL). The vol-run must be repeated
multiple times to obtain correct data. In fact, similar data can
be obtained repeatedly if the perfused apparatus is prepared
appropriately. The maximum intraballoon water volume as
LVV must be infused not to exceed an end-diastolic pressure
(EDP) of 20 mmHg.

19. All data are measured, sampled at 1 kHz for 5–10 s and
averaged using the PowerLab unit and LabChart software in
our laboratory.

20. The index for O2 cost of LV contractility, indicates the VO2 for
Ca2+ handling in E-C coupling per unit LV contractility
change in the rat heart. As described above, Emax cannot be
used as an LV contractility index because of the curved ESPVR
in the rat heart. Thus, eEmax is proposed, which is calculated as
an ESP-V ratio of the specific virtual triangular PVA at a mLVV
(PVAmLVV) that is energetically equivalent to the real PVAmLVV

experimentally obtained (Fig. 4). The O2 cost of LV contrac-
tility is obtained as the slope of this linear relation by plotting
gradually increased PVA-independent VO2, and eEmax values
during stepwise increase in Ca2+ infusion. Ino-run can also be
performed by other inotropic agents such as beta-agonist,
dobutamine, which we previously reported [13].

21. The rate of intracoronary KCl-infusion is adjusted to abolish
electrical excitation in monitoring ventricular electrocardio-
grams, and not to generate any KCl-induced constrictions of
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the coronary vessels, by monitoring coronary flow (approxi-
mately 1.0 mL/min) and systemic blood pressure
(corresponding to perfusion pressure) in the metabolic sup-
porter rat to check the loss of perfusion pressure dependency.

22. The RV is kept collapsed by continuous hydrostatic drainage so
that the RV PVA, and hence PVA-dependent VO2, are assumed
to be negligible. The RV component of PVA-independent VO2

is subtracted from the total VO2 to yield LV VO2. The LV
(including the septum), and the RV are weighed for normali-
zation of LVV. Throughout each experiment, the mean con-
centration of hemoglobin and lactate in the perfused blood
must be checked from time to time. The hemoglobin concen-
tration should be more than 10 mg/dl. The lactate concentra-
tions of arterial blood before passing through the excised heart
and venous blood after passing through it are measured with
Rapid Laboratory 860. The values of arteriovenous lactate
difference throughout the experiment including the maximum
LVV loading (i.e. the maximum O2 demand) during vol-run
should show a zero or minus difference, indicating no lactate
production in the excised heart.

23. We obtain the best-fit ESPVR with the equation ESP ¼ A
{1� exp [�B(V� V0)]} by means of the least-squares method
on a personal computer. We also obtain the best-fit end-dias-
tolic pressure (EDP)-volume relation (EDPVR) with the
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Fig. 4 Schematic illustration of framework of equivalent Emax (eEmax)-VO2-PVA
in Ca2+ induced inotropic run. (a) Control ESPVR (solid circle) and P-V data (open
circle) during Ca2+ infusion at increased rates in steps at a midrange left
ventricular volume (mLVV). (b) VO2–PVA data points and prospective VO2–PVA
relationships, which show parallel shift at increased Ca2+ infusion rates in steps
at mLVV. (c) The ratio of PVA independent VO2 and eEmax, indicating the O2 cost
of LV contractility
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equation, EDP ¼ A0 exp B0 V � V 0
0

� �� �� 1
� �

. The correlation
coefficients of the best-fit ESPVRs should be higher than 0.98.
Systolic unstressed volume (V0) should be determined as the
volume at which peak isovolumic pressure, and hence, PVA is
zero. Although, the residual PVA is small, LV peak pressure
sometimes do not become zero because of the volume of the
balloon membrane per se as well as high LV contractility.

24. The PVA-dependent VO2 is consumed by myosin ATPase for
cross-bridge cycling. The PVA independent VO2 is composed
of O2 consumption for Ca2+ handling in E-C coupling and
basal metabolism.
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Chapter 10

Optical Action Potential Mapping in Acute Models
of Ischemia–Reperfusion Injury: Probing
the Arrhythmogenic Role of the Mitochondrial
Translocator Protein

Zeki Ilkan, Benjamin Strauss, Chiara Campana, and Fadi G. Akar

Abstract

Ischemia–reperfusion (I/R) injury causes dynamic changes in electrophysiological properties that promote
the incidence of post-ischemic arrhythmias. High-resolution optical action potential mapping allows for a
quantitative assessment of the electrophysiological substrate at a cellular resolution within the intact heart,
which is critical for elucidation of arrhythmia mechanisms. We and others have found that pharmacological
inhibition of the translocator protein (TSPO) is highly effective against postischemic arrhythmias. A major
hurdle that has limited the translation of this approach to patients is the fact that available TSPO ligands
have several confounding effects, including a potent negative ionotropic property. To circumvent such
limitations we developed an in vivo cardiac specific TSPO gene silencing approach as an alternative. Here,
we provide the methodological details of our optical action potential mapping studies that were designed to
probe the effects of TSPO silencing in hearts from spontaneously hypertensive rats (SHR) that are prone to
I/R injury.

Key words shRNA, Gene therapy, Adeno-associated virus, Arrhythmia, Mitochondria, Translocator
protein, Optical mapping

1 Introduction

By predisposing to ischemic events, coronary artery disease is a
leading cause of death and disability worldwide [1]. Prompt resto-
ration of oxygenated blood flow to the ischemic myocardium is
required for preventing irreversible cell damage and death. Unfor-
tunately, restoration of blood flow, in itself, results in additional
cardiac damage known as ischemia–reperfusion (I/R) injury
[2]. On the one hand, mitochondrial dysfunction secondary to
I/R injury causes further expansion of the infarcted zone leading
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to chronic heart failure, and on the other, it predisposes to ventricu-
lar tachyarrhythmias and sudden cardiac death. Effective strategies
to limit postischemic arrhythmias have proven elusive owing to our
incomplete understanding of the dynamically changing electrophys-
iological substrate during acute I/R injury. With the advent of
optical imaging techniques using voltage sensitive dyes, spatiotem-
poral measurements of cardiac electrophysiological properties at a
cellular level within the intact syncytium have become possible,
paving the way for a more comprehensive understating of post-
ischemic arrhythmia mechanisms. Our work over the past 12 years
has focused on the central role that themitochondrial network plays
in arrhythmogenesis [3–7]. We have found that stabilization of
mitochondrial function through pharmacological inhibition of the
translocator protein (TSPO) is highly effective against post-
ischemic arrhythmias in structurally normal hearts [3]. The utility
of this approach in chronic cardiovascular diseases such as hyperten-
sion, a major risk factor for I/R injury, remains unknown. Despite
the impressive antiarrhythmic efficacy of pharmacological TSPO
inhibition, available TSPO ligands have several confounding effects
that limit their translatability to the clinic. This includes a potent
negative ionotropic effect that arises from inhibition of the L-type
calcium current by TSPO ligands such as 4’-chlorodiazepam [8]. To
circumvent inherent limitations, including extracardiac toxicity, of
pharmacological TSPO inhibitors, we developed an in vivo cardio-
tropic TSPO gene silencing approach using adeno-associated virus
serotype 9 (AAV9) as a gene delivery vector. In proof-of-concept
studies, we applied our novel gene therapy approach to spontane-
ously hypertensive rats (SHR) which exhibit profound mitochon-
drial dysfunction and are particularly susceptible to I/R injury
[9–15].

In this chapter, we provide an overview of these proof-of-
concept studies. We describe in detail the optimized procedures
that are needed to achieve chronic in vivo gene silencing of TSPO
levels in SHR hearts (Figs. 1 and 2). We further document the
ex vivo optical action potential mapping studies and acute I/R
injury protocols that we performed to probe the electrophysiologi-
cal consequences of chronic in vivo TSPO gene silencing (Figs. 3
and 4). We provide useful tips and key modifications to the standard
I/R injury models and pacing protocols that we found useful for
unmasking the antiarrhythmic efficacy of this gene therapy
approach (Fig. 4).

2 Materials

2.1 shRNA Tail Vein

Injection

1. Adult 10–13-week-old spontaneously hypertensive male rats
(SHR).

2. Sterile physiological saline (0.9% sodium chloride injection).
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3. Ketamine–HCl (100 mg/mL) and xylazine.

4. AAV-CMV-GFP-U6-rm-TSPO-shRNA (shAAV-275192)
stock solution [8 � 1013 genome copies per milliliter
(gc/mL)].

5. 1 mL syringes.

6. 30G � 1/2 in. (0.3 mm � 13 mm) needles.

7. 25G � 5/8 in. (0.5 mm � 16 mm) needles for intraperitoneal
(IP) injections.

8. 1.5 mL microcentrifuge tubes.

9. Rat restrainer for tail vein injections.

10. Electric heating pad or a table-mounted infrared heat lamp
(with a 250 W lamp).

Fig. 1 Experimental design used to determine the electrophysiological effects of in vivo gene silencing of TSPO
using AAV9-mediated gene transfer of shTSPO. (a) Schematic illustrating the regulation of the two key energy
dissipating mitochondrial channels (the inner membrane anion channel, IMAC and the mitochondrial perme-
ability transition pore, PTP) by TSPO. This complex of mitochondrial proteins mediates the regenerative
process of reactive oxygen species (ROS)-induced ROS release, leading to oxidative stress and arrhythmias.
(b) A schematic of the pAAV-U6-GFP plasmid map designed to induce in vivo TSPO silencing. (c) A summary of
the procedures conducted in this study: 3 weeks after tail vein injection of 5 � 1011 gc/mL shTSPO, high-
resolution optical action potential mapping was performed in ex vivo perfused rat hearts. The heart tissue was
subsequently used in qPCR studies to confirm gene knockdown (d) The forward (F) and reverse (R) primer
sequences for TSPO and GAPDH targets in the qPCR studies; (e) A consistent (~40%) reduction in TSPO RNA
expression was observed in shRNA injected rat hearts, compared to controls where saline or no injections
were performed. ***P � 0.001 by unpaired Student’s t-test

Optical Mapping of Arrhythmias in Ex Vivo Models of Ischemia-Reperfusion 135



2.2 Optical Mapping

and Perfusion Systems

1. Charge coupled device (CCD) camera/detector.

2. Light source (Tungsten lamp).

3. Electrocardiogram (ECG) amplifier.

4. Pressure monitor.

Fig. 2 An illustration of the rat tail veins and the injection procedure. (a) A
simplified cartoon representation adapted from X-ray angiography images by
Vanhoutte et al., 2002 [17]. (b) Injections were performed into either of the
lateral veins as demonstrated

Fig. 3 The assembly of the Langendorff-perfused heart and a representation of the optical mapping system
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5. Stimulator, Model S88.

6. PFA-coated silver wire: bare diameter 0.00500, coated diameter
0.00700, to be used as the pacing electrode (connected to the
stimulator).

7. Thermistor thermometer.

8. Heating exchanger.

9. Bubble trap compliance chamber.

10. Plexiglass tissue bath with transparent (glass) imaging window.

11. Heat Circulating Pump 170051a with Digital One Controller.
A heating coil should be immersed in the tissue bath to main-
tain temperature at 37 �C.

12. Peristaltic perfusion pump.

13. Pressure sensor.

14. Large water bath set at 37 �C.

15. Langendorff system.

16. Platinum-Cured Silicone Precision Tubing.

17. CardioPlex software (RedShirt Imaging, GA, USA).

18. AcqKnowledge Data Acquisition and Analysis Software (BIO-
PAC Systems Inc., CA, USA).

19. Small alligator clips for cannulation.

20. Wax coated braided silk suture (4-0).

2.3 Langendorff

Preparation

and Optical Mapping

Reagents

1. Tyrode’s solution: 121.7 mM NaCl, 25.0 mM NaHCO3,
4.81 mM KCl, 2.74 mM MgSO4, 5.0 mM dextrose, 2.5 mM
CaCl2 (pH 7.40, perfused with 95% O2–5% CO2).

2. Blebbistatin (þ/�).

3. Di-4-ANEPPS.

4. Heparin.

5. Sodium pentobarbital (390 mg/mL).

3 Methods

3.1 Anesthesia

and Tail Vein Injection

1. After the arrival of animals into the local facility, allow for at
least a 2-day acclimation period before subjecting them to
experimental procedures.

2. For each rat to be injected with the shTSPO construct, prepare
a microcentrifuge tube containing 5 � 1011 gc/mL
AAV-CMV-GFP-U6-rm-TSPO-shRNA in 0.3 mL physiologi-
cal saline, on ice. For example, if the stock solution is
8 � 1013 gc/mL, add 6.25 μL into 0.3 mL saline.
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3. Into a 1 mL syringe, draw 0.4 mL saline followed by the
0.3 mL virus–saline mix. Leave aside.

4. Perform intraperitoneal (IP) injections of ketamine–xylazine
into each animal to induce light sedation, in accordance with
IACUC guidelines for rodent anesthesia.

5. Place lightly anesthetized rat into the restrainer and place the
restrainer onto the preheated heating pad (see Note 1).

6. Locate the lateral tail veins on either side of the tail (Fig. 2a),
and carefully inject the virus/saline mixture into the vein
(Fig. 2b) (see Note 2).

7. Allow time for the effect of ketamine to wear off before placing
the animals back into their cages.

8. Following the gene transfer procedure, maintain rats for at least
3–4 weeks to allow effective transfer of the introduced gene,
before sacrifice.

3.2 Ex Vivo Optical

Mapping

1. Turn on the light source, the heat circulating pump, and the
37 �C water bath 20–30 min prior to experimentation to allow
for temperature equilibration.

2. Prepare fresh Tyrode’s solution (~2 L per rat heart depending
on the duration of the protocol). Place a petri dish containing
Tyrode’s solution in a �20 �C freezer for 30–40 min to allow
the solution to become ice-cold without freezing.

3. Prime the perfusion system with oxygenated and pH equili-
brated fresh Tyrode’s solution for at least 20–30min before the
start of the experiment. The Tyrode’s reservoir should be
continuously oxygenated with 95% O2–5% CO2, and main-
tained in the 37 �C water bath throughout the experiment.

4. Aliquot 200 mL of Tyrode’s solution in a beaker, and add
required volumes of di-4-ANEPPS and blebbistatin to yield
final concentrations of 1 μM and 10 μM, respectively. Mix
well, and place the beaker in the 37 �C water bath to replace
the Tyrode’s reservoir from step 3.

5. Prior to surgery, perform IP injections of heparin, followed
by pentobarbital to induce anesthesia in each animal.

6. After the successful induction of anesthesia, quickly excise the
heart, and immerse in a petri dish containing ice-cold Tyrode’s
solution.

7. Locate the aorta and trim off excess tissue surrounding it. To
confirm the identity of the vessel, apply light compression on
the ventricles using tweezers, which will cause expulsion of the
residual blood remaining in the ventricles through the aorta.

8. Perform cannulation with the aid of tweezers. Insert the can-
nula through the aorta until the base of aorta is reached.
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Stabilize the heart on the cannula by placing a small alligator
clip around the aorta. Ensure proper continuous perfusion.

9. Make two double knots around the aorta using two pieces of
silk suture. Remove the alligator clip.

10. Consider removing the atria in order to prevent atrial simula-
tion of the ventricles, which would interfere with the applied
pacing.

11. Monitor the perfusion pressure and maintain within a physio-
logical range of 60–70 mmHg by varying the flow rate as
necessary (see Note 3).

12. Insert the pacing electrode ~1mmbelow the epicardial surface in
the center of the anterior wall of the heart (Fig. 3) (seeNote 4).

13. Immerse the cannulated and perfused heart in a tissue bath
containing Tyrode’s solution, and stabilize its position by
gently pressing against a transparent imaging window with
the help of a built-in sponge piston (Fig. 3).

14. Position the ECG electrodes on either side of the heart until a
stable cardiac rhythm can be monitored.

15. Using the AcqKnowledge software, adjust the ECG sampling
rate to 1000–2000 Hz.

16. Once it is ensured that a constant pressure, perfusion flow, and
a stable cardiac rhythm are achieved, swiftly move the suction
end of the perfusion system from the bucket containing Tyr-
ode’s solution to the beaker containing di-4-ANEPPS and
blebbistatin in 200 mL of Tyrode’s solution.

17. Allow constant perfusion for about 20 min. To confirm suffi-
cient delivery of blebbistatin, visualize the heart through the
live video camera: there will be minimal mechanical response to
stimulation once a sufficient amount of blebbistatin has been
delivered. To confirm adequate di-4-ANEPPS staining, record
a test image of fluorescence to check for optical action
potentials.

18. Determine the diastolic threshold for pacing (see Note 5). Set
the pacing voltage to 1.2� or 1.5� the diastolic pacing
threshold.

19. Maintain pacing at a steady state pacing cycle length
(260–300 ms). Obtain 2 s optical action potential recordings
every 30–60 s for at least 20 min. Use the last recording as the
preischemia baseline measurement. Note the pressure and the
perfusion rate during this recording.

20. Induce global no-flow ischemia by interrupting the perfusion
flow for 12 min. This provides approximately 75% incidence of
postischemic VF allowing one to determine efficacy of antiar-
rhythmic treatments. Shorter ischemia durations are associated
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with lower incidence of postischemic VF which are optimal for
evaluation of proarrhythmic factors [16]. During the ischemia
phase, obtain 2-s recordings every 30–60 s (see Note 6).

21. At the end of the 12 min ischemia phase, restart perfusion by
turning on the flow pump, and immediately halt pacing for the
first minute of reperfusion (seeNote 7). Ensure that the perfu-
sion rate is adjusted to match the pressure levels that were
recorded during the preischemia baseline recording. Adjust
perfusion flow to match the preischemia perfusion pressure.

22. Obtain 2 s recordings every 30–60 s for the next 20 min of
reperfusion (see Note 8).

4 Notes

1. As an alternative to the use of a heating pad, restrained rats can
be placed under an infrared light source to prevent hypother-
mia under anesthesia. Care must be taken to prevent heat
injuries or overheating, especially if a heating lamp is used.
Placing the animal in the warm environment for a few minutes
would also help dilate the tail veins and make them easier to
locate.

2. Gently rub a gauze pad sprayed with 70% ethanol along the tail
to clear the outer layers of the skin. This will enhance the
visibility of the tail veins.

3. Before cannulation of the heart on the Langendorff apparatus,
the perfusion rate is set at 15 mL/min. When there is no
resistance at the end of the Langendorff apparatus, i.e., when
the heart is not cannulated, the pressure sensor is calibrated to
read 0 mmHg. After cannulation, the perfusion rate is varied as
necessary to achieve a pressure range of 60–70 mmHg. It is
important to continuously monitor the perfusion pressure to
ensure its stability within the specified range. Pressure can be
reinstated by varying the perfusion flow rate as necessary. As a
metric of viability, we keep track of the perfusion flow-to-
pressure ratio and volume conducted ECGs throughout the
study.

4. It is useful to form a hook shape at the tip of the electrode to
prevent detachment from the wall. To ease the insertion of the
electrode, it may be threaded through a 26G � ½ in. needle.
The needle is inserted into the anterior epicardium, midway
between apex and base. After insertion, pull the needle out,
leaving the electrode wire attached to the heart. Strip the
insulating material from the tip of the wire that will be in
contact with the heart prior to insertion.
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5. To determine the diastolic threshold for pacing, slowly increase
the voltage of the pulse (duration 1–2 ms) from 0 mV while
monitoring the volume-conducted ECG. When a change in
ECG morphology with clear evidence of 1:1 pacing is encoun-
tered, record the pulse duration and voltage as the diastolic
threshold. Following this, increase the voltage value by 50% to
reliably pace at 1.5� the diastolic threshold. In the event of loss
of capture, slowly increase the voltage until capture is regained.

6. During ischemia, an abrupt drop in pressure will be observed
due to termination of perfusion flow. It is important to avoid
the overshoot in perfusion pressure at the onset of reperfusion
by calibrating the flow to match the preischemia perfusion
pressure.

7. Important: unless pacing is turned off during the first minute
of reperfusion, the TSPO knockdown hearts will be prone to
arrhythmias (Fig. 4a–c), and therefore it will not be possible to
assess the recovery of the action potential duration (APD).

8. Monitor the ECG signals and action potentials during this
period to detect any signs of arrhythmic activity, including
ventricular tachycardia/fibrillation (VT/VF). For this study,
we defined sustained VT/VF as episodes that did not sponta-
neously self-terminate within at least 5 min.
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Chapter 11

Cardiac Tissue Engineering Models of Inherited
and Acquired Cardiomyopathies

Irene C. Turnbull, Joshua Mayourian, Jack F. Murphy,
Francesca Stillitano, Delaine K. Ceholski, and Kevin D. Costa

Abstract

The lack of biomimetic in vitro models of the human heart has posed a critical barrier to progress in the field
of modeling cardiac disease. Human engineered cardiac tissues (hECTs)—autonomous, beating structures
that recapitulate key aspects of native cardiac muscle physiology—offer an attractive alternative to tradi-
tional in vitro models. Here we describe the use of hECTs to advance our understanding and modeling of
cardiac diseases in order to test therapeutic interventions, with a focus on contractile dysfunction in the
setting of inherited and acquired forms of cardiomyopathies. Four major procedures are discussed in this
chapter: (1) preparation of hECTs from human induced pluripotent stem cell-derived cardiomyocytes
(hiPSC-CMs) on single-tissue and multitissue bioreactors; (2) data acquisition of hECT contractile func-
tion on both of these platforms; (3) hECT modeling of hereditary phospholamban-R14 deletion-dilated
cardiomyopathy; and (4) cryo-injury and doxorubicin-induced hECT models of acquired cardiomyopathy.

Key words Tissue engineering, Genetic cardiomyopathy, Acquired cardiomyopathy, Contractility,
Models of disease, Stem cells

1 Introduction

Nonischemic dilated cardiomyopathy (NIDCM), which is charac-
terized by ventricular dilation and systolic dysfunction in the
absence of coronary artery disease, is a major form of heart failure
impacting 1 in 20,000 adults per year in the USA [1]. Inotropic
support is a strategy of medical management for NIDCM, but it
does not treat the underlying cause. This highlights a critical need
to develop novel therapeutic strategies for restoring cardiac perfor-
mance in NIDCM. Stem cell therapy has emerged as a promising
approach to address this problem [2].

In our hands, human engineered cardiac tissues (hECTs)—
capable of recapitulating key aspects of native cardiac muscle physi-
ology [3]—provide a simple yet effective contractility assay to study
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therapeutic strategies [4], such as stem cell-based cardiotherapies,
in the context of healthy [5] and myocyte-depleted [6] conditions.

Nevertheless, to further progress the translational relevance of
such findings (and other therapeutic interventions), it is necessary
to continue improving hECT models of both ischemic and nonis-
chemic cardiomyopathy. To this end, in this chapter, we highlight
our recent efforts to advance hECT models of NIDCM and ische-
mic cardiomyopathy.

First, we provide step-by-step instructions on how to create
hECTs with our single- and multi-hECT bioreactor platforms
using human induced pluripotent stem cell-derived cardiomyocytes
(hiPSC-CMs), and subsequently measure their contractile perfor-
mance. Next, as one of the first cardiac tissue engineering groups to
model familial dilated cardiomyopathy [7], we provide instructions
on how to create an hECT model of inherited dilated cardiomyop-
athy (hereditary phospholamban-R14 deletion-dilated cardiomy-
opathy hECTs). Finally, motivated by in vivo animal models of
acquired ischemic [8] and nonischemic [9] cardiomyopathy, we
present instructions and original data on cryoinjury- and doxoru-
bicin-induced hECT cardiomyopathy models, respectively.

Many in vitro disease models are evaluated exclusively using
molecular and histology analysis. However, a strength of the hECT
system is that it also provides a functional phenotype, which can be
further analyzed for structural and molecular characteristics as
desired. Altogether, this chapter complements our previous work
to further support the use of hECTs as a system to help bridge a gap
in traditional experimental models of the heart, in order to provide
new opportunities for advancing our understanding of cardiac
disease and therapeutics.

2 Materials

2.1 Cell Collection 1. hiPSCs (see Notes 1 and 2).

2. mTeSR™ 1.

3. 6-well tissue culture treated plates.

4. +I media: RPMI 1640, B-27 Supplement (50�), 1%
penicillin–streptomycin.

5. �I media: RPMI 1640, B-27 Supplement Minus Insulin
(50�), 1% penicillin–streptomycin.

6. 0.025% trypsin.

7. DMEM–F-12 Media, 1:1 nutrient mixture.

8. CHIR99021 (30 mM stock solution).

9. IWR-1 (10 mM stock solution).
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10. 1� phosphate-buffered saline without calcium or magnesium
(PBS, pH 7.4), sterile-filtered.

11. 15 mL conical tubes.

12. 1.5 mL Eppendorf tubes.

2.2 Tissue Formation 1. 5 mg/mL type-I collagen.

2. 1 M Sodium hydroxide NaOH.

3. 10� PBS (without calcium or magnesium).

4. Sterile ultrapure deionized water.

5. 10� Minimum Essential Medium (MEM).

6. 0.2 N HEPES pH 9.

7. Stem cell-qualified Matrigel.

8. Petri dishes 60mm� 15mm style and 100mm� 20mm style.

2.3 Bioreactor

Construction

1. Sylgard 184 silicone elastomer kit (polydimethylsiloxane, or
PDMS) custom molds.

2. Alcohol resistant black marker.

3. 2% bovine serum albumin (BSA).

4. Silicone vacuum grease.

5. Tweezers.

2.4 Data Acquisition 1. Laptop.

2. GRASS S88X stimulator (Astro-Med, West Warwick, RI).

3. High-speed monochrome camera, with the ability to capture
images at up to 90 frames per second. Such as PixeLINK
PL-B741 camera or similar.

4. Dissecting microscope. Olympus SZ61 or similar.

5. Carbon rods (for single-tissue data acquisition only).

6. Carbon plates (for multitissue data acquisition only).

7. Tungsten wire, gauge 0.01000.

8. Plate heater (recommended for experiments where physiologic
temperature condition is desired).

9. Boom microscope stand.

10. Gooseneck lamp.

11. Vibration isolation table. C-shape table that fits inside the
laminar flow hood, this reduces transmission of vibration
from the motor/blower to the bioreactor that is being tested.

12. Laminar flow hood.

13. Mirror (20 mm enhanced aluminum coated, right angle mir-
ror, Edmund Optics).
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14. Laboratory Jack 2� (for multitissue data acquisition only).

15. ¾00 spacers 4�.

16. LabVIEW (National Instruments, Austin, TX) and MATLAB
(Natick, Massachusetts) software. Custom LabVIEW program
used for data acquisition, and MATLAB script used for data
analysis are available upon request from the authors.

3 Methods

3.1 Cardiomyocyte

Differentiation

of hiPSCs

1. To start the cardiomyocyte differentiation at 80–90% con-
fluency (see Note 3) of hiPSCs in a 6-well plate, replace
mTeSR™ 1 maintenance media (see Note 4) with 2 mL �I
media containing CHIR99021 (10 μM final concentration)
per well.

2. After 24 h, wash with DMEM/F12 (see Note 5) and replace
with 2 mL �I media per well.

3. After 48 h, wash with DMEM/F12 and replace with 2 mL �I
media containing IWR-1 (5 μM final concentration) per well.

4. After 24 h, wash with DMEM/F12 and replace with 2 mL �I
media containing IWR-1 (5 μM final concentration) per well.

5. After 24 h, wash with DMEM/F12 and replace with 2 mL �I
media (without IWR-1) per well.

6. Repeat Subheading 3.1, step 5.

7. After 24 h, wash with DMEM/F12 and replace with 2 mL +I
media per well.

8. Repeat Subheading 3.1, step 7 (see Note 6) up to days 20–30
of differentiation.

3.2 Preparing

the Single-Tissue

Bioreactor

1. Mark the tip of bioreactor posts with alcohol resistant black
marker to facilitate later video tracking.

2. Assemble single-tissue bioreactor with inserts (Fig. 1a).

3. Sterilize (see Note 7).

4. In a laminar flow hood, using sterile tweezers, remove the
PDMS mold from the autoclave bag; and while holding the
mold with the tweezers, apply a spare amount of vacuum grease
with the aid of a pipette tip to the bottom of the mold (seeNote
8) and then place it on the 60 mm dish applying pressure so the
mold adheres to the bottom of the dish.

5. Pipette approximately 150 μL of 2% BSA into the well of the
single-tissue bioreactor, and place in the incubator (37 �C and
5% CO2) for 1 h.

6. Remove the BSA, then rinse by serial washes as follows, add
approximately 150 μL of 1� PBS, remove and repeat, then add
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approximately 150 μL of distilled water, remove and repeat.
After the second rinse of distilled water aspirate all the liquid
from the well and leave the single-tissue bioreactor in the
laminar flow hood to air dry.

3.3 Collecting hiPSC-

CMs from

the Monolayer

In our experience an effective time window to harvest the cells for
hECT fabrication is between 20 and 30 days of differentiation, as
convenient for experimental planning.

1. On the day of cell harvest, first wash cells once with 1� PBS.

2. Add 1 mL 0.025% trypsin per well (see Notes 9 and 10).

3. Incubate for 5 min at 37 �C and 5% CO2.

4. Remove cells from each well mechanically using the 0.025%
trypsin from each well.

5. Place trypsin–cell mix into 15 mL conical tube, and neutralize
with equal amount of cold (4 �C) +I media.

6. Centrifuge at 300 � g for 5 min.

7. Aspirate and resuspend with 10 mL +I media.

8. Count cells using hemocytometer.

9. Centrifuge at 300 � g for 5 min (see Note 11).

3.4 Preparing the

Collagen–Matrigel Mix

1. Keep all solutions on ice. Keep cells (hiPSC-CM) at room
temperature. All volumes listed below are per hECT for the
single-tissue bioreactor. For the multitissue bioreactor, multi-
ply each volume by 0.4–0.6 (see Note 12).

A B

hiPSC-CM cells +
matrigel/collagen mix

40 mL Remove bioreactor
after 48 hrs

Insert bioreactor 
into wells

Bioreactor with
attached hECTs

Baseplate

Polysulfone
frame

MoldMold

Insert mold into
polysulfone frame

hiPSC-CM cells +
matrigel/collagen mix

100 mL 

Remove inserts
after 48 hrs

Bioreactor with
attached hECT

Bioreactor mold with inserts

Fig. 1 Overview of hECT construction. hECTs are created either with (a) single-tissue or (b) multitissue
bioreactors. For single-tissue bioreactors (a), a set volume of the cell–extracellular matrix mix is added to
each well of the bioreactor. After 2 h of incubation the bioreactor is submerged in culture media for 48 h.
Following hECT compaction, the inserts are slowly removed from the bioreactor. For multitissue bioreactors
(b), a set volume of the cell–extracellular matrix mix is added to each well of the baseplate. Six pairs of
bioreactor posts are then submerged into matching baseplate wells for 48 h. Following hECT compaction, the
bioreactor is slowly lifted out of the baseplate with the tissues suspended between pairs of end-posts
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2. Dilute 100.0 μL of 5 mg/mL collagen stock to 3.125 mg/mL
with 41.5 μL of sterile ultrapure deionized water, 2.5 μL of 1M
NaOH, and 16 μL of 10� PBS, avoid bubbles when mixing.

3. Add 20.0 μL of both 10�MEMand 0.2 NHEPES pH 9 to the
dilute collagen mixture (previous step) to create the
collagen mix.

4. Add stem cell-qualified Matrigel to the collagen mix (0.9 mg/
mL final concentration).

5. Store the collagen–Matrigel mix on ice.

3.5 Forming hECTs

on the Single-Tissue

Bioreactor

For a schematic summarizing these steps, see Fig. 1a.

1. Aspirate supernatant from hiPSC-CM pellet.

2. Add 50 μL of collagen–Matrigel mix per million cells (hiPSC-
CM) to the cell pellet (see Note 13).

3. Add 100 μL hiPSC-CMs + collagen–Matrigel mix into the
well of the single-tissue bioreactor, avoid bubbles (see Notes
14 and 15).

4. Discard top lid of 60 mm dish; place 60 mm dish into 100 mm
dish (see Note 16).

5. Add 1 mL of +I media into the edge of the 60 mm dish, being
careful not to drop any media onto the bioreactor. This is to
ensure the cell–collagen mixture does not get dehydrated dur-
ing gel polymerization.

6. Place into incubator for 2 h at 37 �C and 5% CO2, this is
sufficient time for the collagen to polymerize.

7. Remove from incubator and place in sterile hood.

8. Slowly add approximately 14 mL +I media into 60 mm dish so
that the entire bioreactor is covered with media (see Note 17).

9. Return assembly to incubator for 48 h at 37 �C and 5% CO2.

10. Remove from incubator and bring to laminar flow hood; using
sterile tweezers slowly remove the inserts and exchange media
(half volume).

11. Continue half-media exchanges with +I media daily for tissue
maintenance.

3.6 Preparing

the Multitissue

Bioreactor

For a schematic summary of these steps, see Fig. 1b. Carry out after
steps described in Subheading 3.1.

1. Mark the tip of bioreactor posts with alcohol resistant black
marker.

2. Sterilize (see Note 7).

3. Insert rack of bioreactor posts into polysulfone frame.
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3.7 Forming hECTs

Using the Multitissue

Bioreactor

For a schematic summary of these steps, see Fig. 1b. Carry out after
steps described in Subheadings 3.3 and 3.4.

1. Aspirate supernatant from hiPSC-CM pellet.

2. Add 40 μL of collagen–Matrigel mix per million cells (hiPSC-
CM) to the cell pellet (see Note 18).

3. Place baseplate in 60 mm dish.

4. Add 40 μL hiPSC-CMs + collagen–Matrigel mix into each well
of the baseplate (see Note 14).

5. Insert bioreactor into baseplate (see Note 19).

6. Discard top lid of 60 mm dish; place 60 mm dish into 100 mm
dish (see Note 16).

7. Add 1 mL of +I media into edge of 60 mm dish to prevent
dehydration of the gel.

8. Place into incubator for 2 h at 37 �C and 5% CO2 for gel to
polymerize.

9. Remove from incubator and bring to laminar flow hood.

10. Slowly add 14 mL +I media into 60 mm dish (seeNotes 17 and
20).

11. Place into incubator for 48 h at 37 �C and 5% CO2 (see Note
21).

12. Remove from incubator; slowly lift bioreactor out of baseplate
(see Note 22), and place bioreactor into new 60 mm dish with
14 mL +I media.

3.8 Data Acquisition

for Single-hECT

and Multi-hECT

Bioreactors

For a schematic summary of these steps, see Fig. 2.

1. Set up laminar hood with vibration isolation table, gooseneck
lamp, boom stand, dissecting microscope and high-speed cam-
era. For single-hECT bioreactors, place 60 mm dish with bio-
reactor on top of plate heater, and align microscope to view the
hECT from the top (Fig. 2a). For multi-hECT bioreactor,
include the laboratory jack, place spacers equally distant with
mirror in the center, place the 100 mm dish containing the
60 mm dish with the multitissue bioreactor carefully on top of
the spacers, and align the microscope to view the reflection of
the multitissue bioreactor on the mirror (Fig. 2b, e) (see Note
23). Connect grass stimulator and camera to laptop.

2. Adjust microscope magnification and limit region of interest to
have both posts of one hECT in view. Using an Olympus SZ61
microscope most of the acquisitions are done within the
1–1.5� magnification range (Fig. 2c). Our approach is to use
a binary filter of the image to maximize contrast, which is why
we use the black marker to mark the top of the posts.
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3. Set the camera to capture at a high frame rate (90 frames per
second) by increasing stepwise the speed and light level.

4. Using a custom LabVIEW program (available upon request),
record the displacement of the posts without electrical stimula-
tion to analyze the spontaneous contractile properties of the
hECT.

5. Place carbon rods (or carbon plates) adjacent to the single-
tissue (or the multitissue) bioreactor, respectively, and connect
them to the grass stimulator electrodes (see Note 24).

6. Using a custom LabVIEW program, record the displacement
of the posts with electrical stimulation (see Note 25).

7. Measure the post heights and tissue height on the posts by
acquiring a side view image of the hECT as in Fig. 2d (seeNote
26). For the single tissue bioreactor, place the mirror in the
60 mm dish along a long end of the bioreactor. For the multi-
tissue bioreactor acquire side view images with the microscope
looking directly through the 60 mm dish.

8. The data is then processed using a custom MATLAB script
(available upon request) to produce the results for the different
twitch parameters that are analyzed.

Fig. 2 Overview of hECT data acquisition. (a) Set up for data acquisition from hECT on single-tissue bioreactor.
Camera viewing path (dotted red line) aligned with top view of hECT. (b) Set up for data acquisition from hECT
multitissue bioreactor. Camera viewing path (dotted red line) aligned with mirror. (c) Screen view during data
acquisition, live tracking of inward post-displacement during hECT contraction (δ), with corresponding
measurement of the amplitude of each contraction (double headed arrow). (d) Side view of hECT on single-
tissue bioreactor with embedded schematic of the measurements included in the calculation of force. (e)
Multitissue bioreactor (*) with tissues submerged facing the bottom of the dish, and reflected image of hECT
on mirror (#) to allow for imaging and data collection without manipulation of the hECT
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3.9 hECT Model

of Inherited Dilated

Cardiomyopathy

Carry out steps in Subheadings 3.1 through 3.5 using hECT from
distinct groups such as: wild type (hiPSC from healthy donor),
mutant (hiPSC from patient carrier of the DCM- associated muta-
tion) or isogenic corrected (using gene editing). Upon comparison
of the contractile performance of the different groups, hECT fabri-
cated with hiPSC-CM from the patient shows a phenotype of
impaired contractile function when compared to wild type
(Fig. 3a) that can be genetically corrected (Fig. 3b, c) (seeNote 27).

1. Follow steps described above in Subheading 3.5 to fabricate
the hECTs.

2. On day 5 of fabrication, switch to media with serum (composi-
tion of the media with serum are described in Note 17).

3. Upon reaching day 7, pace hECTs using methods described
above (see Subheading 3.8).

4. Rinse with 1� PBS.

5. Cover hECT in media with serum.

6. Place in incubator if pacing at additional later time points is
desired.
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Fig. 3 hECT Inherited Models of Cardiac Disease. (a) Effects of model of inherited dilated cardiomyopathy on
hECT developed force (DF) (mean � SEM, n ¼ 4–7). (b) Effects of genetic correction of model of inherited
dilated cardiomyopathy on hECT developed force (DF) (mean � SEM, n ¼ 4–7). (c) Overview of method for
inherited dilated cardiomyopathy model and genetic correction of the model; adapted from [7] with permission
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3.10 Cryo-Injury

hECT Cardiomyopathy

Model

For a schematic summary of the steps, see Fig. 4a. The contractile
performance of representative hECTs during this intervention is
shown in Fig. 4b, where in acute injury you expect a decrease in
function [8].

1. Follow steps described above in Subheadings 3.4 and 3.5 to
fabricate the hECTs.

2. Six days post-tissue formation, pace hECTs using methods
described above to measure preinjury baseline function (see
Subheading 3.8).

3. Remove +I media to fully expose the hECT.

4. Lay a 1.6-mm diameter steel pin frozen in liquid nitrogen on
the hECT for 5 s. For sham use a room temperature pin.

5. Add a few drops of +I media directly at the site where the steel
pin is in contact with the hECT; this will thaw the region so the
pin can be safely removed. Removing the frozen steel pin from
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Fig. 4 hECT models of acquired cardiac disease. (a) Overview of cryo-injury method for acquired ischemic
cardiomyopathy hECT model. (b) Effects of cryo-injury model (grey) on hECT developed force (DF) over time
(mean � SEM, n¼ 2–3). (c) Overview of doxorubicin (Dox) method for acquired nonischemic cardiomyopathy
hECT model. (d) Effects of 500 nM Dox (grey) on hECT DF over time (mean � SEM, n ¼ 4)
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the hECT without previously warming it up with media will
result in tearing off the portion of the hECT that is in contact
with the frozen steel pin.

6. Cover hECT in +I media.

7. Place in incubator for 24 h at 37 �C and 5% CO2.

8. Pace hECTs using methods described above (see Subheading
3.8) to measure short-term post-injury contractile function.

9. Rinse with 1� PBS.

10. Cover hECT in +I media.

11. Place in incubator for 72 h (or longer as desired) at 37 �C and
5% CO2.

12. Pace hECTs using methods described above (see Subheading
3.8) to monitor long-term post-injury contractile function.

3.11 Doxorubicin-

Induced hECT

Cardiomyopathy

Model

For a schematic summary of these steps, see Fig. 4c. The contractile
performance of representative hECTs during this intervention is
shown in Fig. 4d, where the doxorubicin treated hECT will show a
sharp decrease in function [9] (see Note 28).

1. Five days post-tissue formation, pace hECTs using methods
described above (see Subheading 3.8) to establish
pre-doxorubicin baseline contractile function.

2. Rinse with 1� PBS.

3. Transfer bioreactor to new 60 mm dish with +I media contain-
ing 500 nM doxorubicin.

4. Place in incubator for 24 h at 37 �C and 5% CO2.

5. Pace hECTs using methods described above (see Subheading
3.8) to measure short-term post-doxorubicin contractile
function.

6. Rinse with 1� PBS.

7. Transfer bioreactor to new 60 mm dish with +I media.

8. Place in incubator for 48 h at 37 �C and 5% CO2.

9. Pace hECTs using methods described above (see Subheading
3.8) to monitor long-term post-doxorubicin contractile
function.

10. Repeat Subheading 3.11, steps 6 through step 9 as needed for
longer term studies.

4 Notes

1. For Subheading 3.9, hiPSCs were generated from a patient
with the PLN R14del mutation [7]. For Subheadings 3.10
and 3.11, the SKiPS-31.3 line was used. This line was
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generated from dermal fibroblasts from a healthy 45-year-old
male volunteer with no symptoms of cardiovascular
disease [10].

2. Differentiations work best using hiPSCs between passages
30 and 70.

3. Confluency greatly affects differentiation efficiency.

4. E8 media can also be used for maintenance.

5. Washing away dead cells with DMEM/F12 helps improve
differentiation efficiency.

6. At this stage of differentiation, changing media every 48 h
(with 3 mL per well), rather than every 24 h (with 2 mL per
well), is also a viable option. After day 10 of differentiation, it is
not necessary to wash with DMEM:F12.

7. The PDMS molds can withstand sterilization cycles in a steam
autoclave up to 121 �C.

8. The vacuum grease helps to adhere the mold to the bottom of
the culture dish, so that in later steps, when the dish is filled
with media, the single-tissue bioreactor will remain
submerged. Avoid applying vacuum grease on the center of
the mold because that will interfere with visualization of the
tissue using an inverted microscope.

9. TrypLE Express can also be used for dissociation.

10. For poor differentiations, it is possible to improve hiPSC-CM
purity by mechanically removing only the top layer of cells with
the dissociation reagent and without incubation proceed to
Subheading 3.3, step 5.

11. Working with 1.5-mL Eppendorf tubes is preferred when
making hECTs; cells should be resuspended in 1 mL of +I
media post-centrifugation/aspiration and transferred to an
Eppendorf tube. Centrifugation is then repeated at 300 � g
for 5 min.

12. Using 0.4–0.6 scaling factors have proven successful in our
hands. Scaling factor is dependent on desired amount of Matri-
gel–collagen mix to be used per tissue (see Note 18).

13. On average, one well from a six-well plate yields enough
hiPSC-CM to fabricate one tissue using a single-tissue
bioreactor.

14. To account for pipette error (and to help avoid bubbles), add
10% more of the cell–extracellular matrix mix into the pipette.

15. In the event of bubbles, aspirate the bubble using a 200 μL
pipette tip. Let the bubble slowly rise to the top of the tip, and
then return back into the well the cell–extracellular matrix that
was aspirated with care to not return the bubble to the well.
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16. Be sure that if you have relevant information on the lid, tran-
scribe that information to the lid of the 100 mm dish. It also
helps to label the bottom of the dish to keep record of the
bioreactor inside the dish.

17. To improve compaction, add DMEM containing 10% neonatal
bovine serum, 1% penicillin–streptomycin and 0.2% Ampho-
tericin B instead of +I for the first 24–48 h.

18. Using 40–60 μL Matrigel–collagen mix per tissue has proven
successful in our hands.

19. Confirm that bioreactor posts are submerged into the wells,
but are not bent from touching the bottom or edges of
the well.

20. May need to add more +I media to confirm that all hECTs are
fully submerged into media.

21. Check on compaction; if compaction is progressing slower
than expected it is okay to leave bioreactor in baseplate for an
additional 24 h, on the other hand remove earlier if tissue
compaction appears accelerated.

22. This method has been updated since [11]. While holding the
baseplate at the bottom of the 60 mm dish, the bioreactor is
slowly lifted vertically out of the baseplate into a new 60 mm
dish with 14 mL +I media.

23. The multitissue bioreactor is maintained in culture and tested
with the hECT facing the bottom of the dish; the reflected
image on the mirror allows visualizing the tissue without
requiring any direct manipulation.

24. To aid in connecting the carbon rods/plates to the grass stim-
ulator electrodes, the electrodes can be fitted with alligator
clips soldered to the end of the electrodes; tungsten wire can
be looped tightly around the carbon rods/plates; lastly, clasp
loose end of each tungsten wire with the alligator clips.

25. The protocol to follow for electrical stimulation should be
determined per the experiment. We typically pace the hECT
starting at low frequency (0.25 Hz), and then record hECT
contractions (post displacement) at different frequencies using
0.25-Hz increments; bipolar field stimulation, 5 ms pulse
duration, using a 12-V pulse wave (545 mV/mm and
480 mV/mm for single and multitissue bioreactor
respectively).

26. The beam bending equation F ¼ 3πER4

2a2 3L�að Þ δ is used to calculate
the force (F) (Fig. 2c, d). Post length (L) and tissue height
along the posts (a) are measured using a side view image of the
hECT; the post displacement (δ) is measured during data
acquisition using LabVIEW. The radius (R) and Young’s mod-
ulus (E) are only required to be measured once upon
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fabrication of a bioreactor, and thereafter the values remain
constant. Developed Force (DF) is the difference between the
maximum and minimum force during each twitch.

27. Furthermore, correction of the phenotype can be tested by
using the isogenic control cell line. This has been previously
described [7], demonstrating that by using genomic correction
of the hiPSC-CM by a TALEN method of targeted gene edit-
ing, the corrected hECT showed enhanced contractile force
compared to the isogenic mutant tissues (Fig. 3c).

28. In our experience, the adverse effect of doxorubicin on hECT
contractile function is dependent on the initial developed
force. For desired level of force reduction titrate doxorubicin
between 0.25 and 2.0 μM, administered for no longer than
48 h.
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Chapter 12

Badimon Perfusion Chamber: An Ex Vivo Model
of Thrombosis

M. Urooj Zafar, Carlos G. Santos-Gallego, Lina Badimon,
and Juan J. Badimon

Abstract

The Badimon perfusion chamber is an ex vivo model of thrombosis that assesses the thrombogenicity of
blood in humans and large animals. It works with native blood thereby excluding any interfering effects of
anticoagulants unavoidable with the majority of platelet function testing methodologies. Each variable of
the Virchow’s triad (blood, blood flow, and endothelial wall) that modulates blood–vessel wall interaction
and thrombus formation is incorporated in this perfusion model. These features make this device a valuable
tool for the assessment of thrombogenic potential of various diseases and also gauging the efficacy of
antithrombotic (anticoagulant and antiplatelet) treatments.

Key words Thrombus, Platelets, Perfusion, Arterial thrombosis, Venous thrombosis

1 Introduction

Acute thrombus formation over a disrupted atherosclerotic lesion
or a site of endothelial denudation can lead to devastating conse-
quences, including acute coronary syndrome and stroke [1]. Plate-
lets play a central role in the pathophysiology of thrombus
formation but additional factors such as severity of arterial injury
and local rheology are also critical [2]. A wide variety of testing
methodologies are available to assess the functional status of plate-
lets (platelet aggregometry, multiple electrode aggregometry, Ver-
ifyNow®, PFA-100® System, ThromboElastoGraphy, Cone and
Plate Analyzer, flow cytometry, etc.), however most of them focus
only on the cellular component, frequently in a nonphysiological
milieu (i.e., platelets in plasma or as washed platelets) or at best in
whole blood with the interfering effect of an anticoagulant. As a
result, most of these methodologies fail to account for the effect of
shear forces arising from the flow of blood and the interactions of
blood with the endothelium.
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The Badimon perfusion chamber is an ex vivo model of throm-
bosis that allows the assessment of blood thrombogenicity in whole
blood in the absence of any interfering anticoagulant. The model is
unique in that it incorporates all three components of the Virch-
ow’s triad (blood, flow, and vessel wall). It has been utilized in the
assessment of thrombogenic effects of various diseases (e.g., hyper-
lipidemia, diabetes, HIV, sickle cell disease, etc.) [3–7] and patho-
logical states (arterial wall injury, atherosclerotic plaques, diesel
exhaust inhalation, etc.) [8–12], in the investigation of pathophys-
iology of acute coronary syndromes [13–15], and in the testing of a
wide array of pharmacological interventions (e.g., nitric oxide
donors, anticoagulants, antiplatelet drugs, direct factor Xa inhibi-
tors, direct thrombin inhibitors, statins, etc.) [16–22] in both
preclinical and clinical studies.

1.1 Principle The perfusion model works by exposing unaltered blood to throm-
bogenic tissue at controlled flow rates, thereby mimicking the real
world in vivo conditions of blood flow as close as is currently
achievable. The thrombogenic substrate most frequently used are
segments of porcine aorta surgically stripped of the intimal layer to
expose the deeper thrombogenic tunica media, but atherosclerotic
specimens, isolated cell, as well as biomaterials can also been used.
The interaction of flowing blood with the substrate activates plate-
lets and the coagulation system, resulting in deposition of fibrin and
platelets and subsequent formation of an acute thrombus over the
surface of the substrate. The size of this thrombus can then be
measured using digital planimetry.

1.2 Design The Badimon Perfusion Chamber setup consists of three small
Plexiglas® blocks connected in series using tightly fitting intercon-
necting tubes (Fig. 1). Each block consists of two interlocking
pieces with a rectangular recess for the placement of thrombogenic
substrate in between. A straight, cylindrical channel runs through
the entire length of each block to allow passage of flowing blood.
This channel exposes flowing blood to the thrombogenic substrate
without interrupting its flow. Depending on the diameter of the
channel in the perfusion chamber and the rate of perfusion (con-
trolled by a peristaltic pump), the test can recreate shear rates for
various conditions. In the most frequently utilized setup, the chan-
nel in the first block (chamber A) is of a larger diameter than the
remaining two blocks (chambers B and C). The combination of the
channel size and the calculated flow rate (10 mL/min) generates a
shear rate of 212 s�1 in the first block and 1690 s�1 in the remain-
ing two blocks, mimicking the rheological conditions of venous
and moderately stenosed arterial flow respectively.

The three interconnected Plexiglas® blocks are attached on
both ends with Tygon® tubing and placed inside a 37 �C water
bath (Fig. 2). The proximal Tygon® tubing connects to an IV
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Top part

Porcine aorta

Blood flow
channel

Bottom part

Thrombus
formation on

tunica

Fig. 1 Side view of an unassembled Plexiglas® block. The rectangular pieces of
aorta are surgically stripped of the intimal layer in order to expose the thrombo-
genic tunica media but without creating any flaps. Those pieces of deendothe-
lized aorta are fit in the recessed area inside each of the three Plexiglas® blocks,
with the medial surface facing the blood flow channel. The assembled block will
be later submerged into the warm water bath

Badimon Perfusion Chamber System

Water bath (37°C)

Low
shear rate

High
shear rate

Peristaltic
pump

Discard
bin

Blood flow direction

Fig. 2 Schematic depiction of the Badimon perfusion chamber system. Three Plexiglas® blocks are connected
serially and submerged in a warm water bath. The blood flows from the patient’s vein through the 19G IV
catheter once the peristaltic pump is connected, and runs through the three Plexiglas® blocks (one for low
shear rate and two blocks for the high shear rate) for 5 min. At the end of the experiment, each Plexiglas®

block is opened, and the piece of aorta removed and fixed in 4% paraformaldehyde solution for ulterior
histological staining
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catheter in the patient’s arm and serves to pass blood from the vein
directly to the perfusion chamber, without any anticoagulation.
The distal tubing passes through a peristaltic pump used to pull
blood through the system at a constant flow rate, and ends in a
discard bin for the collection of used blood. Placement of the pump
distal to the perfusion setup avoids shearing and activation of the
blood cells prior to their interaction with the substrates. When set
up, the perfusion chamber forms a continuous channel starting
from the IV catheter in patients arm, passing through each chamber
in series and ending on the discard bin. This setup allows a con-
stant, uninterrupted flow of nonanticoagulated blood through the
system, exposing it to thrombogenic substrates at predetermined
shear rates for the selected duration of time.

The tightly controlled setup minimizes the number of variables
thereby allowing reproducible assessments of the pro/antithrom-
botic effects of various conditions and therapies. Comparisons of
perfusion studies conducted in diseased patients versus healthy
subjects can assess the thrombotic effects of various pathologies
whereas conducting the tests before and after treatment adminis-
tration can provide information about the efficacy of therapeutic
interventions.

2 Materials

1. Plexiglas® blocks.

2. Connecting tubes.

3. Tygon® tubing.

4. Water bath with Thermomix-B water heater.

5. Phosphate-buffered saline (PBS), 0.1 M.

6. Paraformaldehyde, 4%.

7. Peristaltic pump.

8. Discard bin for collecting used blood.

9. Timer.

10. Thrombogenic substrate (Porcine surgically prepared aorta):
Pig aortas are purchased as whole.

11. Tissue cutting board.

12. Razor blades, single-edge industrial.

13. Tissue processing/embedding cassettes.

14. Stereo microscope with digital camera.

15. Image Pro Plus (IPP) software.
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3 Methods

The day before the experiment, thrombogenic substrate (pieces of
porcine aorta) should be removed from �70 �C (see Subheading
3.1, step 1) and placed in 4 �C fridge for overnight thawing. On the
day of the experiment, the water bath should be filled up and
started sufficiently ahead of time so that the water temperature is
37 �C at the time of the experiment.

3.1 Prestudy Setup 1. Thaw the frozen aortas and clean to completely remove the
adventitial layer. The cleaned aortas are cut open longitudinally
and then into rectangular pieces small enough (approximately
1 in.� 0.3 in.) to fit inside the Plexiglas® blocks. The individual
pieces are then surgically stripped of the intimal layer in order to
expose the underlying thrombogenic tunica media. This step is
to be done carefully in order to ensure that the exposed surface
is even and without flaps (see Note 1). The prepared substrates
are stored in 0.1 M PBS at �70 �C until the day of experiment.

2. The perfusion chamber system should be setup no earlier than
10 min prior to run. Setting up too early and letting the tissue
sit in the system for prolonged duration can lead to swelling of
thrombogenic tissue resulting in alterations in the shear rate.

3. Carefully select three pieces of surgically prepared porcine
aortas, ensuring they are of similar thickness and free of any
flaps (see Note 1). Place one piece of aorta in the recessed area
inside each of the three Plexiglas® blocks, with the medial
surface facing the blood flow channel.

4. Line up the three blocks in series (low shear-rate block at the
proximal end), connect using the connecting tubes and place
inside the holding container.

5. Attach a piece of Tygon® tubing (~18 in.) to the connecting
tube at the distal end; pass the tubing through the peristaltic
pump and place its unattached end into the discard bin.

6. To the connecting tube at the proximal end, attach two pieces
of Tygon® tubing of unequal lengths (~10 and ~18 in.) using a
three-way stopcock. The shorter tubing is immersed in 0.1 M
PBS and used to flush the system, while the longer tubing will
be attached to the intravenous catheter in the study subject’s
arm vein at the time of the experiment.

7. Flush the systemwith 0.1MPBS to check for leaks (seeNote 2).

8. Place the setup (holding container with three Plexiglas® blocks
containing porcine aorta pieces) into the 37 �C water bath.

3.2 Perfusion

Chamber Run

An intravenous catheter (preferably at least 19 gauge or even larger
inner diameter, to make sure the blood flow is steady) should be
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placed in a mid-size vein in the subject’s arm prior to experiment.
A clean venipuncture is critical for avoiding platelet activation. The
first 3 mL of blood should be discarded before starting the perfu-
sion study. Collection of the discard should be used to check the
quality of the venous access (see Note 3).

1. Set the peristaltic pump at 10 mL/min and timer for 5 min.
Run the pump with proximal tubing placed in PBS for 1 min to
prime the system.

2. After discarding the initial 3 mL of blood, attach the free end of
the proximal Tygon® tubing to the intravenous catheter in the
subject’s arm vein.

3. Start the peristaltic pump.

4. When the blood flowing from the IV catheter toward the
chamber reaches the 3-way stopcock, start the 5-min timer.
Let the test run for exactly 5 min. Keep a watchful eye on the
blood flow during this time to make sure there are no bubbles
(see Note 4).

5. At the 5 min mark, switch the stopcock to change the inflow
from the IV to the 0.1 M PBS solution and flush the system
with PBS for 1 min (see Note 5).

6. Disconnect the proximal Tygon® tubing from the IV catheter
and remove the distal tubing from the peristaltic pump.
Remove the holding container from the water bath.

7. Slowly open each Plexiglas® block and remove the piece of aorta
with great care to ensure that the thrombus formed on the
surface is not dislodged. Place each piece of aorta in a separate,
labeled tube containing 4% paraformaldehyde solution. Make
sure the tissue is fully submersed in paraformaldehyde.

The tissues are left in paraformaldehyde for 24–72 h at
room temperature for them to be fixed.

3.3 Poststudy

Tissue Processing

1. Carefully remove each fixed piece of aorta from the test tube
holding it from the corner using forceps. At all times, contact
with the part of the aorta exposed to blood during the perfu-
sion study must be avoided. Place the aorta (medial side up) on
a clean tissue cutting board.

2. Cut off the edges of the tissue that did not come in contact
with blood and discard them.

3. Cut the remaining tissue cross-sectionally into eight strips of
approximately equal size.

4. Split the eight strips from each individual aorta piece equally
into two prelabeled tissue embedding cassettes. Each chamber
run would therefore yield six cassettes (two for each Plexiglas®

block), each with four strips of aorta.
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5. The cassettes are immersed in a container with 70% alcohol and
sent to pathology services for tissue embedding, sectioning and
staining.

3.4 Embedding,

Sectioning,

and Staining

The steps for tissue embedding, sectioning, and staining follow
standard protocols utilized in most pathology departments.

1. Tissues are dehydrated in ethanol, cleared in xylene and
embedded in paraffin.

2. Five micron sections are cut from each cassette and mounted
on slides in duplicates. One slide is generated per cassette, each
with approximately four sections (corresponding to the num-
ber of aorta strips in the cassette). Each run of the Perfusion
Study therefore generates six slides; two for the low shear rate
and four for the high shear rate. Each slide is labeled in accor-
dance with the label on its corresponding cassette.

3. Slides are stained using Combined Masson’s trichrome Elastin
(CME) for the assessment of total thrombus area (Fig. 3 see
Note 6).

3.5 Image

Acquisition

Images of the slide sections are acquired using a digital camera
attached to a stereo microscope. The acquisition is performed at
10� magnification using the available acquisition software (Leica
Application Suite, Adobe Photoshop, Image J, etc.). Image of each
high-shear section can be acquired in a single frame, however the
low-shear sections are wider and will not fit in one frame. Each
low-shear section is therefore acquired in two overlapping images.
These two images are then merged (using Leica Application Suite,
Fiji, etc.) before analysis.

Fig. 3 Representative images of pretreatment and posttreatment (anti factor-Xa)
thrombus size. Please note the tunica media in blue and the superimposed
thrombus in light purple. Please note how the thrombus size is greatly reduced
during Xa inhibitor treatment as compared with baseline (pretreatment situation)
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3.6 Image Analysis Images of chamber study sections are analyzed using Image Pro
Plus (IPP) software. The software allows measurement of the area
of total thrombus and/or its fibrin and platelet content, depending
on the staining. Data for all images from a chamber study are
averaged to generate one result for low shear and one for high
shear rate.

1. Start the IPP program and open the images to be analyzed.

2. Select the proper Calibration settings for your microscope and
magnification by clicking Measure > Calibration > Select Spa-
tial. If the proper calibration has not been set, you will have to
enter it manually (see Note 7).

3. Click the Irregular AOI button on the IPP toolbar (this allows
you to trace objects on the image).

4. Trace an outline around the thrombi, making sure to exclude
any non-thrombus tissue.

5. Click Measure > Count/Size from the toolbar (A new window
will open up).

6. Check Automatic Dark Objects button in the new window and
click the Count button. The dark object inside the tracing will
now be highlighted in color. Check to make sure that the
program is not over- or under-estimating the thrombus area
(see Note 8).

7. Click View > Statistics in the new window and copy the results
for Sum in an Excel sheet. Make sure the Excel file is properly
formatted to keep track of the results for each subject, chamber,
Plexiglas® block, and image.

8. Once all images are analyzed, calculate the average for all the
low shear and the high shear image data for each chamber run
to generate one low and one high shear rate result. These are
your final results (see Note 9).

4 Notes

1. The presence of flaps leads to small pockets of elevated shear
rates that can dramatically increase thrombus formation over
the flaps. Stripped pieces of aorta that have macroscopically
visible flaps should be discarded.

2. Leaks in the system will compromise the validity of the perfu-
sion study. If the setup is not properly sealed, the peristaltic
pump will start pulling in water from the temperature-
controlled bath into the blood flow channel. This would lead
to hemolysis, altered functionality of the platelets and reduced
thrombus formation.
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3. A good quality venous access is critical to the performance of
the Badimon chamber study. If the blood flow is slow during
the collection of the discard sample, it is likely to result in a
suboptimal chamber study with falsely high thrombus forma-
tion due to stasis.

4. Bubbles (air or water) in the blood flow channel during a
perfusion run indicate an inadequately placed IV catheter
and/or a leak in the system. If the catheter is not placed
properly in the subject’s vein, the blood flow will get inter-
rupted. As the peristaltic pump will continue its steady draw of
10 mL/min, the absence of blood will be filled up by air or
water bubbles in the flow channel. Such scenarios will yield
higher thrombus formation due to stasis. The study in such
cases should be repeated after resolving the IV access problem.

5. Flushing removes the blood left standing in the chambers
which would coagulate due to stagnation once the peristaltic
pump is turned off. A perfusion study without a postrun flush
would yield a falsely high thrombus formation.

6. Specialized staining options are utilized as needed per study
protocol (e.g., anti-fibrin or CD42b antibody can be for used
to define the specific contribution to the formed thrombus of
fibrin and platelets, respectively).

7. The calibration settings vary depending on the microscope and
the camera being used. Consult an expert to properly configure
these settings.

8. If the program is over/underestimating the thrombus area,
select Manual in the Count/Size window instead of Automatic
Dark Objects and click the Select Ranges button (a new window
will open up). Click the dropper button and select the throm-
bus area until all the thrombi are highlighted. Now close the
new window and click Count in the Count/Size window.
Resume analysis as described earlier.

9. The results are reported as thrombus size (μm2). This is usually
reported as an absolute number (e.g., thrombus size 11845 μm2

baseline vs. 7100 μm26 h after ticagrelor loading dose [20]), but
a percentage may also be offered (e.g., reduction of 40% in
thrombus size 6 h after ticagrelor loading dose [20]).

References

1. Santos-Gallego CG, Picatoste B, Badimon JJ
(2014) Pathophysiology of acute coronary syn-
drome. Curr Atheroscler Rep 16(4):401.
https://doi.org/10.1007/s11883-014-0401-9

2. Santos-Gallego CG, Bayon J, Badimon JJ
(2010) Thrombi of different pathologies:
implications for diagnosis and treatment. Curr

Treat Options Cardiovasc Med 12
(3):274–291. https://doi.org/10.1007/
s11936-010-0075-8

3. Osende JI, Badimon JJ, Fuster V, Herson P,
Rabito P, Vidhun R, Zaman A, Rodriguez OJ,
Lev EI, Rauch U, Heflt G, Fallon JT, Crandall
JP (2001) Blood thrombogenicity in type

Ex Vivo Thrombosis Model 169

https://doi.org/10.1007/s11883-014-0401-9
https://doi.org/10.1007/s11936-010-0075-8
https://doi.org/10.1007/s11936-010-0075-8


2 diabetes mellitus patients is associated with
glycemic control. J Am Coll Cardiol 38
(5):1307–1312

4. Badimon L, Badimon JJ, Galvez A, Turitto V,
Fuster V (1989) Platelet interaction with vessel
wall and collagen in pigs with homozygous von
Willebrand’s disease associated with abnormal
collagen aggregation. Thromb Haemost 61
(1):57–64

5. Glassberg J, Rahman AH, Zafar MU,
Cromwell C, Punzalan A, Badimon JJ, Aledort
L (2018) Application of phospho-CyTOF to
characterize immune activation in patients with
sickle cell disease in an ex vivo model of throm-
bosis. J Immunol Methods 453:11–19.
https://doi.org/10.1016/j.jim.2017.07.014

6. Badimon JJ, Badimon L, Turitto VT, Fuster V
(1991) Platelet deposition at high shear rates is
enhanced by high plasma cholesterol levels. In
vivo study in the rabbit model. Arterioscler
Thromb 11(2):395–402

7. Shechter M, Merz CN, Paul-Labrador MJ,
Kaul S (2000) Blood glucose and platelet-
dependent thrombosis in patients with coro-
nary artery disease. J Am Coll Cardiol 35
(2):300–307

8. Badimon L, Badimon JJ, Galvez A, Chesebro
JH, Fuster V (1986) Influence of arterial dam-
age and wall shear rate on platelet deposition.
Ex vivo study in a swine model. Arteriosclerosis
6(3):312–320

9. Badimon L, Chesebro JH, Badimon JJ (1992)
Thrombus formation on ruptured atheroscle-
rotic plaques and rethrombosis on evolving
thrombi. Circulation 86(6 Suppl):III74–III85

10. Lucking AJ, Lundback M, Mills NL,
Faratian D, Barath SL, Pourazar J, Cassee FR,
Donaldson K, Boon NA, Badimon JJ,
Sandstrom T, Blomberg A, Newby DE
(2008) Diesel exhaust inhalation increases
thrombus formation in man. Eur Heart J 29
(24):3043–3051. https://doi.org/10.1093/
eurheartj/ehn464

11. Lucking AJ, Lundback M, Barath SL, Mills
NL, Sidhu MK, Langrish JP, Boon NA,
Pourazar J, Badimon JJ, Gerlofs-Nijland ME,
Cassee FR, Boman C, Donaldson K,
Sandstrom T, Newby DE, Blomberg A
(2011) Particle traps prevent adverse vascular
and prothrombotic effects of diesel engine
exhaust inhalation in men. Circulation 123
(16):1721–1728. CIRCULATIO-
NAHA.110.987263 [pii]. https://doi.org/
10.1161/CIRCULATIONAHA.110.987263

12. Mailhac A, Badimon JJ, Fallon JT, Fernandez-
Ortiz A, Meyer B, Chesebro JH, Fuster V,
Badimon L (1994) Effect of an eccentric severe
stenosis on fibrin(ogen) deposition on severely

damaged vessel wall in arterial thrombosis. Rel-
ative contribution of fibrin(ogen) and platelets.
Circulation 90(2):988–996

13. Badimon L, Badimon JJ (1989)Mechanisms of
arterial thrombosis in nonparallel streamlines:
platelet thrombi grow on the apex of stenotic
severely injured vessel wall. Experimental study
in the pig model. J Clin Invest 84
(4):1134–1144. https://doi.org/10.1172/
JCI114277

14. Fernandez-Ortiz A, Badimon JJ, Falk E,
Fuster V, Meyer B, Mailhac A, Weng D, Shah
PK, Badimon L (1994) Characterization of the
relative thrombogenicity of atherosclerotic
plaque components: implications for conse-
quences of plaque rupture. J Am Coll Cardiol
23(7):1562–1569. 0735-1097(94)90657-
2 [pii]

15. Badimon L, Badimon JJ, Turitto VT, Fuster V
(1989) Role of von Willebrand factor in med-
iating platelet-vessel wall interaction at low
shear rate; the importance of perfusion condi-
tions. Blood 73(4):961–967

16. Zafar MU, Farkouh ME, Osende J, Shimbo D,
Palencia S, Crook J, Leadley R, Fuster V, Che-
sebro JH (2007) Potent arterial antithrombo-
tic effect of direct factor-Xa inhibition with
ZK-807834 administered to coronary artery
disease patients. Thromb Haemost 97
(3):487–492

17. Zafar MU, Ibanez B, Choi BG, Vorchheimer
DA, Pinero A, Jin X, Sharma RK, Badimon JJ
(2010) A new oral antiplatelet agent with
potent antithrombotic properties: comparison
of DZ-697b with clopidogrel a randomised
phase I study. Thromb Haemost 103
(1):205–212. https://doi.org/10.1160/
TH09-06-0378

18. Zafar MU, Vilahur G, Choi BG, Ibanez B,
Viles-Gonzalez JF, Salas E, Badimon JJ
(2007) A novel anti-ischemic nitric oxide
donor (LA419) reduces thrombogenesis in
healthy human subjects. J Thromb Haemost 5
(6):1195–1200. https://doi.org/10.1111/j.
1538-7836.2007.02543.x

19. Zafar MU, Vorchheimer DA, Gaztanaga J,
Velez M, Yadegar D, Moreno PR, Kunitada S,
Pagan J, Fuster V, Badimon JJ (2007) Antith-
rombotic effects of factor Xa inhibition with
DU-176b: phase-I study of an oral, direct fac-
tor Xa inhibitor using an ex-vivo flow chamber.
Thromb Haemost 98(4):883–888

20. Zafar MU, Zafar M, Baber U, Smith DA,
Sartori S, Contreras J, Rey-Mendoza J,
Linares-Koloffon CA, Escolar G, Mehran R,
Fuster V, Badimon JJ (2017) Antithrombotic
potency of ticagrelor versus clopidogrel in
type-2 diabetic patients with cardiovascular

170 M. Urooj Zafar et al.

https://doi.org/10.1016/j.jim.2017.07.014
https://doi.org/10.1093/eurheartj/ehn464
https://doi.org/10.1093/eurheartj/ehn464
https://doi.org/10.1161/CIRCULATIONAHA.110.987263
https://doi.org/10.1161/CIRCULATIONAHA.110.987263
https://doi.org/10.1172/JCI114277
https://doi.org/10.1172/JCI114277
https://doi.org/10.1160/TH09-06-0378
https://doi.org/10.1160/TH09-06-0378
https://doi.org/10.1111/j.1538-7836.2007.02543.x
https://doi.org/10.1111/j.1538-7836.2007.02543.x


disease. Thromb Haemost 117
(10):1981–1988. https://doi.org/10.1160/
TH17-04-0277

21. Dangas G, Badimon JJ, Smith DA, Unger AH,
Levine D, Shao JH, Meraj P, Fier C, Fallon JT,
Ambrose JA (1999) Pravastatin therapy in
hyperlipidemia: effects on thrombus formation

and the systemic hemostatic profile. J Am Coll
Cardiol 33(5):1294–1304

22. Hayes R, Chesebro JH, Fuster V, Dangas G,
Fallon JT, Sharma SK, Coller BS, Badimon L,
Marmur JD, Badimon JJ (2000) Antithrombo-
tic effects of abciximab. Am J Cardiol 85
(10):1167–1172

Ex Vivo Thrombosis Model 171

https://doi.org/10.1160/TH17-04-0277
https://doi.org/10.1160/TH17-04-0277


Part V

Small Animal Models



Chapter 13

Ischemic Model of Heart Failure in Rats and Mice

Jiqiu Chen, Delaine K. Ceholski, Irene C. Turnbull, Lifan Liang,
and Roger J. Hajjar

Abstract

Temporary or permanent left coronary artery (LCA) ligation is the most widely used model of heart failure.
In the present protocol, we describe the materials necessary for the procedure, key steps of the LCA
ligation, triphenyl tetrazolium chloride (TTC) staining, and calculation of myocardial infarction (MI) size
after ischemia–reperfusion (I/R) injury (30 min/24 h) in rats and mice. We discuss precautions and tips
regarding the operation before and after surgery, both in vivo and ex vivo. The aim of this chapter is to
describe the details of LCA surgery and provide recommendations for current and future surgical operators.

Key words Rodent, Ischemia, Ischemic heart failure, Surgical, Coronary artery ligation,
Ischemia–reperfusion

1 Introduction

Animal models are one of the most important ways in which to
study pathogenic mechanisms, treatment approaches, and drug
development for cardiovascular diseases. Rodent models (mainly
rats and mice) are wildly used in basic biomedical scientific research
and have withstood the test of time [1]. Left coronary artery (LCA)
ligation is the most common procedure to induce heart failure
through myocardial infarction (MI) in rodents, canines, sheep,
and several other animals [2]. The LCA in large animals can be
visualized with angiography in vivo to determine the occluding
location and control (relatively) the range of myocardial injury.
On the other hand, the small size of rodent hearts results in their
LCAs invisible to the surgical operator in almost 50% of cases
in vivo [3]. Although it is well established that it is difficult to
obtain a consistent degree of heart failure in rodents [4], the
simplicity and low cost of the rodent model make it worthwhile
to continue to strive to achieve better and more reliable results for
modeling cardiovascular disease (see Note 1).
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In the present protocol, we describe the critical steps of LCA
ligation and provide tips to obtain an MI model as reliable and
reproducible as possible.

2 Materials

1. Sprague-Dawley male rats, body weight ¼ 250–280 g, or
C57 wild-type (WT) male mice, body weight ¼ 25–30 g (see
Note 2).

2. KAX mix: ketamine (100 mg/mL), acepromazine (10 mg/
mL), xylazine (20 mg/mL) (see Notes 3 and 4).

3. Ventilator: small animal ventilators. For rats: 6–8 cc/min,
90 breaths/min. For mice: 3 cc/min, 110 breaths/min
(Fig. 1a) (see Note 5).

4. Intubation tube: 16–14 G catheter for rats, 20 G catheter for
mice (Fig. 1b) (see Note 6).

5. Surgical microscope (Fig. 1c).

6. Silk sutures: 2-0, 4-0 for chest and skin closure; 6-0, 7-0 for
LCA ligation.

7. Oxygen: 500 mL/min, tabletop Vaporizers. Isoflurane:
0.5–1.0% when necessary (when the animals are moving) (see
Note 7).

Fig. 1 Key instruments for cardiac surgery in rodents. (a) Ventilator. (b) Intubation. 20G catheter for mice and
16G for rats. (c) Surgical microscope. (d) Heating pad system
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8. Heating pads with pump, Temperature ¼ 98 �F (Fig. 1d).

9. TTC solution: triphenyl tetrazolium chloride. 5 ~ 15 mL of 1.5%
TTC in PBS.

10. 10% formaldehyde.

11. Phthalo Blue dye.

12. Langendorff system.

13. K-H buffer: NaCl, KCl, MgCl2.6H2O, KH2PO4, CaCl2,
NaHCO3, HEPES, distilled water, pH ¼ 7.35 (Table 1).

3 Methods

3.1 Rat LCA

Permanent Ligation

1. Anesthetize the animals using KAX mix. For rats, mix 2 mL
ketamine, 0.3 mL acepromazine, 0.3 mL xylazine and intraper-
itoneally inject 100 μL/g (animal weight) of this mixture (see
Notes 3 and 4).

2. As soon as it is anesthetized, remove the mouse’s hair on the
left side of chest. Tape the mouse’s right hind-paw to the table,
and tape its left hind-paw on top of its right hind-paw in a
manner that slightly torques the body so the left side of the
chest is facing more skyward. Clear the skin with 10% povido-
ne–iodine and 70% ethanol.

3. Open left chest at fourth intercostal space and open pericar-
dium slightly.

4. Ligate the LCA using a 6-0 silk suture at the mid LCA level (see
Note 8). A successful LCA ligation is verified by visual inspec-
tion of the change in apex color (see Note 9) (Fig. 2).

Table 1
K-H buffer formulation

Name FW mM g/L

NaCl 58.5 118.5 7.0

KCl 74.5 4.8 0.35

MgCl2·6H2O 203.3 1.2 0.24

KH2PO4 136.09 1.2 0.16

CaCl2 110.9 2.5 2 mL/0.5 M

NaHCO3 84 2.1 2.1

HEPES 260 5 5

D-H2O 1000 mL

FW ¼ formula weight
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5. Reexpand the lung by slightly occluding outlet tube of the
ventilator. Close the chest with 2-0 silk suture on ribs and the
skin [5].

6. Postsurgical monitoring is continued until the animal becomes
conscious in a cage on heating pads (37 �C with O2). Stop
ventilation when animal has spontaneous breaths. Antibiotics
will be given, if infection is a concern in surviving animals
during the course of the study. All rodents are housed under
identical conditions and will receive water and food ad libitum.

3.2 Mouse LCA

Permanent Ligation

1. Anesthetize the animals using KAX mix. For mice, mix 1 mL
ketamine, 0.1 mL acepromazine, 0.1 mL xylazine and dilute
with 1 mL of 0.9% saline. Inject 0.06–0.08 mL of this diluted
KAX mixture per mouse intraperitoneally.

2. Repeat Subheading 3.1, steps 2 and 3.

3. Ligate the LCAwith a 7-0 silk suture. A successful LCA ligation
is verified by visual inspection of the apex color (seeNote 9).

4. Close the chest with 6-0 silk sutures and skin with 4-0 silk
sutures [4].

5. Postsurgical monitoring is continued as in rats.

Fig. 2 Left coronary artery (LCA) ligation and myocardial infarction (MI) in rats. (a) LCA ligation in a rat in vivo.
LA ¼ left atrium, R ¼ right, L ¼ left. The color of the ischemic area is changed as indicated by arrow (b) Ex
vivo view of MI. MI size could not be judged by white color of the scar. (c) Long axis view of MI in the left
ventricle. (d) Cross-sectional view of MI in the left ventricle. MI size should be calculated using all slices
according to methodology described (see “Evaluation of risk area and infarct size”)
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3.3 Ischemia–

Reperfusion Injury

1. Repeat Subheading 3.1, steps 1–3.

2. After 30 min, the LCA ligature is released and reperfusion is
visually confirmed (see Note 10).

3. Repeat Subheading 3.1, steps 4 and 5 [6].

3.4 Evaluation

of Risk Area

and Infarct Size

1. Reanesthetize rats/mice after 24 h of I/R injury.

2. Inject heparin (0.3 mL of 1000 U/mL, rat) intravenously
through the tail vein before excising the heart.

3. Mount the heart on a Langendorff apparatus and perfuse for
3 min under constant pressure (100 cmH2O) with K-H buffer
at room temperature (see Note 11).

4. Reocclude the LCA with the suture that was left after reperfu-
sion and perfuse the heart with 5% Phthalo Blue dye in 0.9%
normal saline for 3 min (Fig. 3a).

5. Excise the right ventricle and freeze the left ventricle at �20 �C
for 10 min, then section the left ventricle into 5–7 transverse
slices (2 mm/rat, 1 mm/mouse).

6. Incubate the slices in 15 mL of 1.5% TTC solution for 20 min
at 37 �C and then fix them in 10% formaldehyde. Twenty-four
hours later, the slices are weighed and photographed.

7. Make digital imaging on each transverse slice (Fig. 3b). The
blue regions represent nonischemic normal tissue, red regions
represent risk area (ischemic but noninfarcted), and unstained
pale white regions represent infarcted tissue (Fig. 3c). The
blue, red, and white areas are outlined on each color image
and measured using imaging software. On each side of each
slice, the fraction of the LV area representing infarcted tissue is
calculated, and the average of two images is multiplied by the
weight of the section to determine the absolute weight of
infarcted tissue in each slice.

8. Measure ischemic parameters as percentage [6], instead of
absolute area, in order to buffer impact of ligature level on
MI size (see Note 12).

Ischemic area ¼ Infarct areaþ Risk area:

Infarct size=LVmass %ð Þ¼P
Infarct weight in each section=

TotalLVweight�100 %ð Þ:

Risk area/LV mass (%) ¼ P
Red region weight in each sec-

tion/Total LV weight � 100 (%) (Fig. 3d, e).
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4 Notes

1. The surgery for MI roughly takes 30 min. Surgical mortality is
around 30% both in rats, and a little bit higher in mice.

2. There are some variations in anatomy and pathophysiologic
response to ischemic injury between animal strains and genders
[3]. These factors should be considered during experimental
design.

3. The ratio of KAX should be adjusted for rats and mice.

4. Proper anesthesia and dosage are critical. Ketamine plus xyla-
zine is usually not enough. Inadequate anesthesia is a common
cause of intubation failure, while excessive anesthesia can result
in death.

5. After opening the chest, the inspiratory time should be
increased from 0.3 to 0.45 s.

6. Blunt the tip of the catheter and curve it slightly (Fig. 1b).

7. It is important to provide oxygen and keep the animal warm.

Fig. 3 TTC staining and measurement of ischemic and infarct size in rats. (a) Langendorff perfusion with
Phthalo Blue dye. (b) After TTC staining. (c) Illustration of ischemic area. (d) Example calculation of risk,
infarct, and ischemic size from eight slices of the heart shown in (b). Columns 5, 6, and 7 equal columns 1, 2,
and 3 multiplied by column 4. (e) Calculation of risk/ischemic size and infarct/risk size
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8. The LCA is visible in nearly half of rats and slightly more than
half of mice. When the LCA is invisible, the vessel path could be
assumed from front third of left atrial edge to ventricular
apex [3].

9. The change in apex color is not an absolute index of MI,
meaning some MIs may be smaller or subtransmural even
though the apex color turns white.

10. I/R injury is more difficult in mice than rats. Approximately
50% of I/R will result in transmural MI. A 45 min ischemia will
not result in significantly more injury compared with a 30 min
ischemia, but will likely increase mortality especially in mice.

11. TTC staining is more difficult in mice than in rats. Part of the
reason for this is that the mouse aorta is smaller and Langen-
dorff mounting is more difficult.

12. The level of ligation on the LCA has a key role in MI size and
cardiac dysfunction. Slight deviation (<0.5 mm in mice) in
ligature placement can result in significant variation in MI
size and LV function. It is necessary to fully understand the
characteristics of the LCA and the surrounding capillaries in
order to reasonably interpret experimental results (Fig. 4).

Fig. 4 Left coronary artery ligation and myocardial infarction in mice. (a) Fluorescent imaging of LCA ex vivo.
The level of ligation on the LCA has a strong impact on MI size and cardiac dysfunction. Ligation of LCA at:
position 1 could induce a large MI with high mortality; position 2 could lead to injury of ventricular septum and
severe conduction block; and position 3 could result in a small MI. (b) Transmural MI results in a very thin LV
wall in mice but the MI size still needs to be confirmed and measured in an opened heart (c). (d) Capillaries
could be visualized in the ischemic border zone in situ
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Chapter 14

Conventional Method of Transverse Aortic Constriction
in Mice

Jimeen Yoo, Vadim Chepurko, Roger J. Hajjar, and Dongtak Jeong

Abstract

Transverse aortic constriction is a widely used surgical model to reflect the progression from cardiac
hypertrophy to heart failure states due to left ventricular pressure overload in mice. It produces afterload
increase on the left ventricle in which compensated hypertrophy initially occurs in the first 2 weeks. This
develops into maladaptive remodeling of the left ventricle and atrium, leading to heart failure. This model is
useful for cardiac studies since transverse aortic constriction can be consistently replicated and has low
surgical mortality. Additionally, the gradual progression to cardiac failure makes it a valuable method to
evaluate the efficacy of potential therapeutic intervention. We introduce this chapter to offer practical
approaches to facilitate a simple methodology for transverse aortic constriction.

Key words Transverse aortic constriction, TAC, Microsurgery, Heart failure, Hypertrophy

1 Introduction

Multiple models of heart disease using microsurgical methods have
been created to recapitulate human heart disease conditions
[1]. Usage of each model is dependent on the major cause of
disease including aortic constriction, pulmonary artery constric-
tion, and myocardial infarction. There are several methods for
aortic constriction, with the most popular being ascending aortic
constriction (AAC) [2, 3] and transverse aortic constriction (TAC)
[4, 5]. AAC progresses quickly to heart failure within hours to days
due to the close ligation placement around the origin of the aorta,
which leads to rapid pressure overload in the left ventricle. In
contrast, in TAC, the ligation occurs on the aortic arch between
the innominate and left carotid arteries. Due to the innominate
artery reducing some of the pressure in the left ventricle, hypertro-
phy and heart failure develop at a slower pace than AAC.

TAC was first conducted by Rockman et al. [5] in 1991, and
has since been modified to be less invasive and time consuming
[6]. Now it is an accepted and valuable model to understand
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fundamental molecular processes and phenotypes critical in hyper-
trophy and heart failure. Additionally, its replicability, low surgical
mortality, and its gradual progression to cardiac failure make TAC a
widely used model. Up to 2 weeks post TAC surgery, contractility
initially seems to improve due to compensated hypertrophy. During
this time, cardiac structural remodeling occurs in which the left
ventricle wall thickens. However, after 8 weeks, chronic pressure
overload in the left ventricle causes decompensated cardiac hyper-
trophy and eventually heart failure occurs. Eventually, both left
ventricle and atrial dilation (Fig. 1) can be observed in end stage
of heart failure [7].

Thus, depending on the subjects of interest, both cardiac
hypertrophy and heart failure can be generated by TAC. The pro-
gression of cardiac dysfunction over time can be evaluated by
changes in cardiac parameters, body mass, and cardiac mass
(Table 1). Increase in mortality can also be followed. We observe

Fig. 1 Progression of structural changes of sham mice, 2 weeks post TAC, and
8 weeks post TAC are shown. The left ventricle becomes enlarged due to
increased afterload. Changes in the left atrium are also visible. Initially, the left
atrium is red and similarly sized with the right atrium, which progressively
enlarges to a transparent pink with a spongy texture

Table 1
The progression of change in cardiac parameters, heart weight, and body weight for three groups of
mice are shown: sham before surgery (n ¼ 5), hypertrophy 2 weeks post TAC (n ¼ 10), and heart
failure 8 weeks post TAC (n ¼ 10)

Sham
Hypertrophy
(2 weeks)

Heart Failure
(8 weeks)

Body weight (g) 34.3 � 0.5 31.7 � 2.3 31.7 � 0.5

Heart weight (mg) 127 � 4.3 194.2 � 6.6 297.8 � 6.6

Fractional shortening % (FS) 63.5 � 2.3 69.3 � 1.9 34.2 � 0.9

Left ventricular systolic dysfunction (LVSD) 1.12 � 0.1 1.45 � 0.4 1.2 � 0.4

Heart rate (bpm) 599.6 � 15.2 597 � 19.8 605 � 14.1
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survival percentages of 65% 8 weeks post TAC (Fig. 2). Here we
describe our modified procedure for TAC with an operation time of
25–30min to create a model with left ventricular pressure overload.
We evaluate surgery success by echocardiogram 3 days post surgery.

2 Materials

2.1 Animal Care All procedures were approved by and performed in accordance with
the Institutional Animal Care and Use Committee (IACUC) of the
Icahn School of Medicine at Mount Sinai. The investigation con-
forms with the Guide for the Care and Use of Laboratory Animals
published by the US National Institutes of Health (NIH Publica-
tion No. 85-23, revised 1996). We usually use male B6C3F1 mice
aged 8–10 weeks (weight, 25–30 g).

2.1.1 Site Preparation 1. 70% isopropyl alcohol.

2. Warming blanket (1500 � 2200).

3. Temperature-controlled water system.

4. Hot bead sterilizer for instruments.

5. Small animal ventilator.

6. Stereomicroscope for microsurgery.

2.1.2 Surgery 1. 27G1/2 needle.

2. Anesthesia: ketamine, xylazine.

3. Depilatory cream.

4. Cotton application.

5. Gauze.

6. Surgical paper tape.

7. Povidone–iodine solution.

Fig. 2 Survival probability is plotted over 8 weeks since TAC surgery. Groups
were sham-operated mice (n ¼ 12) and TAC operated mice (n ¼ 20)
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8. Sterile drape.

9. Sterile gloves.

10. Suture: 5/0 vicryl, 6/0 silk sutures, 7/0 silk sutures.

11. PE 90 Tubing with a 22 G catheter needle for tracheal
intubation.

12. Instruments: cautery pen, blunt scissors, blunt retractors,
curved forceps, straight forceps, ligation aid, needle holder
with suture cutter.

13. Surgery platform.

14. Heat lamp.

2.1.3 Echocardiography 1. Anesthesia: ketamine.

2. Surgical paper tape.

3. Depilatory cream.

4. Cotton applicator.

5. Gauze.

6. Ultrasound transmission gel.

7. Warming blanket (1500 � 2200).

8. Doppler echocardiogram.

3 Methods

3.1 Preparation

of Operating Field

and Procedure

Operating field and instrumentation are shown in Figs. 3 and 4,
respectively.

1. Disinfect operating field with 70% isopropyl alcohol.

2. Disinfect surgical plastic platform with 70% isopropyl alcohol.

3. Disinfect surgical instruments in hot bead sterilizer.

4. To make a 90� curved needle holder for ligation, using a needle
holder, remove the sharp end of a 27 gauge 1.5 in. needle to
blunt the end. Curve it 90�with the needle holder and smooth
the tip by rubbing the end on a sharpening stone. Cut the
needle again to make a 0.5–1 cm spacer and rub the end on a
sharpening stone to smooth the tip, as shown in Fig. 4. This
will be used as the 0.4-mm spacer during ligation.

3.2 Preparation

of Mice

1. Anesthetize mice by intraperitoneal injection using Ketamine
(95 mg/kg) + Xylazine (5 mg/kg).

2. Confirm adequate level of anesthesia with a negative response
to toe pinch reflex.

3. Remove hair from the neck to chest area using depilatory
cream. Apply an even layer and remove the cream with gauze
2 min post application.
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Fig. 3 Operating field arrangement is depicted. Note that the heating pad is connected to a circulating
water pump

Fig. 4 Instrumentation and materials needed for surgery are shown



4. In a supine position, put the upper front teeth of the mouse in
the string on the platform to extend the neck. Tape limbs to
plastic plate to immobilize their positions.

5. Pull tongue to the side with forceps and insert tracheal intuba-
tion tube (see Note 1). Connect ventilator and set to tidal
volume of 0.1 mL and a respiratory rate of 120 breaths per
minute.

6. Disinfect the depilated skin with povidone–iodine.

7. Place sterile drape on area of surgery.

3.3 Surgery The surgical procedure from 4 to 11 can be followed in Fig. 5.

1. Begin with partial thoracotomy under a surgical microscope by
creating a 2 cm incision in the skin to the second rib with blunt
scissors.

2. Pull salivary glands toward head and separate muscle with
cautery pen.

Fig. 5 Surgical procedure in Subheading 3.4 is shown in stepwise manner from
procedures 4–11. In step 5, the innominate carotid, left common carotid, and
aortic arch are labeled A, B, and C, respectively
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3. Separate the muscle on trachea at the midline toward both
sides. If the tracheal tube was correctly inserted, it will be easily
visible within the trachea.

4. Cut the sternum about 5 mm with scissors and open with a
blunt retractor about 10 mm wide.

5. Separate the thymus lobes (which are white in color) to reveal
the transverse aortic arch and two carotid arteries (seeNote 2).

6. Place ligation aid below aortic arch from head side.

7. Put 7/0 silk suture into the hole of the ligation aid and pull the
aid out to place the suture beneath the aortic arch between the
innominate and left common carotid arteries.

8. Tie a double knot with the overlaid 27-gauge needle used as a
spacer.

9. Immediately remove needle, leaving a discrete region of con-
striction, and cut the ends of the suture. Confirm successful
ligation (see Note 3).

10. Close the chest wall using 6/0 silk suture with a simple inter-
rupted suture pattern (see Note 4).

11. Close the skin with a 5/0 vicryl suture in a continuous suture
pattern (see Note 4).

12. Disinfect suture site with povidone–iodine, remove intubation
tube, and return mouse to the cage.

13. Inject 0.1 mg/kg buprenorphine intraperitoneally as postop-
erative analgesia (3 times a day for 4 days).

14. Leave cage under heat lamp and monitor for 2 h.

15. Provide mouse with soft food with proper hydration.

3.4 Doppler

Echocardiography

Three days post surgery, confirm successful ligation of the aorta
with echocardiography.

1. Anesthetize the mouse (3% isoflurane mixed with 0.5 L/min
100% O2) in the induction chamber.

2. Perform a toe or tail pinch to confirm sedation. The level of
anesthesia can be adjusted to obtain a target heart rate of
350 � 50 beats per minute (bpm).

3. Remove hair from the neck to chest using depilatory cream.
Apply an even layer and remove the cream with gauze 2 min
post application.

4. Place the anesthetized mouse in a supine position on top of the
heating pad to maintain body temperature. It is important to
maintain the body temperature within a narrow range
(37.0 �C � 0.5 �C) to get reliable and consistent results.

5. Apply ultrasound gel to the mouse’s chest. A probe that is at
least 20-MHz should be used to perform pulsed wave Doppler
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to measure the jet velocity between the proximal and distal sites
where TAC was conducted.

6. Place the Doppler probe on the right lateral position of the
chest (the tip of the probe will be facing toward the left) and
adjust the probe to the same plane of the aortic arch. Using
B-Mode (two-dimensional (2D) imaging), obtain view along
the parasternal short axis.

7. Measure the jet flow velocity between the proximal and distal
sites where TAC was conducted. Calculate the pressure gradi-
ent using the simplified Bernoulli equation below. Mice should
have pressure gradient of at least 30 mmHg.

ΔP ¼ 4V2; P ¼ pressure (mmHg),
V ¼ peak jet velocity (m/s) [8].

8. Allow the mouse to recover on warming blanket from anesthe-
sia. See Notes 5 and 6 if animals are not reaching pressure
overload or having high mortality. SeeNote 7 for an alternative
method for measuring the pressure gradient before
sacrificing mice.

3.5 Evaluating

Systolic Function

of the Heart

Conduct an echocardiogram 2 weeks post TAC for hypertrophy
and 6–8 weeks post TAC for heart failure. Figure 6 and Table 1
show representative images and values for the progression of
TAC-induced cardiac dysfunction.

1. Anesthetize with 100 mg/kg ketamine.

2. Remove hair from the neck to chest using depilatory cream.
Apply an even layer and remove the cream with gauze 2 min
post application.

3. Place mouse in supine position and tape to platform.

4. Apply ultrasound gel to mouse chest. Use a probe that is at least
14-MHz.

Fig. 6 Representative echocardiogram figures for SHAM, 2 weeks post TAC, and 8 weeks post TAC are shown.
Two weeks post TAC mice shows a phenotype of cardiac hypertrophy, represented by a smaller cavity and
thicker ventricular wall. On the other hand, 8 weeks post TAC mice show a significantly enlarged left
ventricular cavity with dilatation of the left ventricular wall
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5. Using B-Mode (2D imaging), hold the ultrasound probe with
a 90� angle between the probe and the heart to obtain short-
axis view. A proper image in this orientation will include the left
ventricle and a slight portion of the right ventricular wall. All
measurement of cardiac systolic function is evaluated at the
papillary muscle level.

6. Switch to M-mode echocardiography to obtain fine measure-
ments of cardiac dimensions and contractility. Store acquired
images for evaluation of systolic left ventricular functional
parameters.

7. Allow mice to recover on warming blanket from anesthesia. See
Note 8 for choosing mice for future heart failure studies.

4 Notes

1. In case of difficulty intubating, begin by placing the mouse in
supine position and put the upper front teeth of the mouse in
the string on the platform to extend the neck. Tape limbs to
plastic plate to immobilize their positions. Place a 2 cm cervical
incision on the skin above trachea. Separate both salivary
glands and muscles to expose trachea. Locate the lamp above
the neck to identify trachea. Then, pull tongue to the side with
forceps and perform intratracheal intubation.

2. If there is difficulty locating the aortic arch due to obstruction,
the thymus can be removed as its involution makes it mostly
inactive for immunity in adulthood. The aortic arch can be
found below and slightly anterior to the trachea.

3. The pulsation difference between the right and left carotid
arteries can be compared to verify successful surgery. Gently
separate the muscle on both sides of mouse neck to expose
both right and left carotid arteries. Then, confirm that the right
carotid artery has an augmented pulsation due to increased
blood pressure than that of the left carotid artery after
constriction.

4. For complete chest closure, at least two stitches are required.
Remove potential air that settled in the chest cavity (optional).
For closure of the skin, five to six stiches will be sufficient.

5. Potential causes of not achieving the pressure overload pheno-
type include: (1) Damage to the suture has occurred during
operation, and (2) Suture may have loosened during the
operation.

6. Potential causes of high mortality include: (1) Constriction site
may be too tight if extra tissues are constricted together.
(2) Internal bleeding may have occurred if sharp instruments
are used instead of blunt instrumentation. This occurs most
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frequently when there is damage to the left atrium during the
ligation step or to the vessels during chest closure. (3) Old mice
are used instead of the suggested young, 8–12 week old mice.
Young mice will give higher consistency. Older animals are
more difficult to conduct surgery due to visceral fat around
the organs.

7. An alternative method for measuring the pressure gradient can
be followed. At the time of sacrifice, both right and left carotid
arteries are cannulated by two catheters to measure the pressure
gradient. This method shows highly accurate values of pressure
gradients for individual animals. However, it may alter blood
flow, which eventually affects the pressure gradient value.
Therefore, careful and quick assessment using a catheter is
critical.

8. Additional echocardiography should be performed to evaluate
cardiac function before using mice. Cardiac functional para-
meters will be measured in B and M mode. In B mode, change
in left ventricular cavity size can be measured. In M mode,
other detail cardiac parameters can be measured. Representa-
tive values are summarized in Table 1. If referencing our para-
meters, note that mice are anesthetized with ketamine only,
which maintains heart rate over 550 rpm. Depending on the
purpose of the study, different anesthesia can be used but values
for cardiac function will vary [9].

Acknowledgments

This work is supported by NIH R01 HL117505, HL 119046,
HL129814, 128072, HL131404, R01HL135093, a P50
HL112324, and two Transatlantic Fondation Leducq grants. We
would like to acknowledge the Gene Therapy Resource Program
(GTRP) of the National Heart, Lung, and Blood Institute,
National Institutes of Health for providing the gene vectors used
in this study.

References

1. Breckenridge R (2010) Heart failure and mouse
models. Dis Model Mech 3(3–4):138–143.
https://doi.org/10.1242/dmm.005017

2. Schunkert H, Dzau VJ, Tang SS, Hirsch AT,
Apstein CS, Lorell BH (1990) Increased rat car-
diac angiotensin converting enzyme activity and
mRNA expression in pressure overload left ven-
tricular hypertrophy. Effects on coronary resis-
tance, contractility, and relaxation. J Clin Invest
86(6):1913–1920. https://doi.org/10.1172/
JCI114924

3. Weinberg EO, Schoen FJ, George D, Kagaya Y,
Douglas PS, Litwin SE, Schunkert H, Benedict
CR, Lorell BH (1994) Angiotensin-converting
enzyme inhibition prolongs survival and modi-
fies the transition to heart failure in rats with
pressure overload hypertrophy due to ascending
aortic stenosis. Circulation 90(3):1410–1422

4. Furihata T, Kinugawa S, Takada S, Fukushima A,
Takahashi M, Homma T, Masaki Y, Tsuda M,
Matsumoto J, Mizushima W, Matsushima S,
Yokota T, Tsutsui H (2016) The experimental

192 Jimeen Yoo et al.

https://doi.org/10.1242/dmm.005017
https://doi.org/10.1172/JCI114924
https://doi.org/10.1172/JCI114924


model of transition from compensated cardiac
hypertrophy to failure created by transverse aor-
tic constriction in mice. Int J Cardiol Heart Vasc
11:24–28. https://doi.org/10.1016/j.ijcha.
2016.03.007

5. Rockman HA, Ross RS, Harris AN, Knowlton
KU, Steinhelper ME, Field LJ, Ross J Jr, Chien
KR (1991) Segregation of atrial-specific and
inducible expression of an atrial natriuretic factor
transgene in an in vivo murine model of cardiac
hypertrophy. Proc Natl Acad Sci U S A 88
(18):8277–8281

6. Zaw AM, Williams CM, Law HK, Chow BK
(2017) Minimally invasive transverse aortic con-
striction in mice. J Vis Exp (121). https://doi.
org/10.3791/55293

7. De Jong AM, Van Gelder IC, Vreeswijk-
Baudoin I, Cannon MV, Van Gilst WH, Maass
AH (2013) Atrial remodeling is directly related
to end-diastolic left ventricular pressure in a
mouse model of ventricular pressure overload.
PLoS One 8(9):e72651. https://doi.org/10.
1371/journal.pone.0072651

8. Hartley CJ, Reddy AK, Madala S, Entman ML,
Michael LH, Taffet GE (2011) Doppler velocity
measurements from large and small arteries of
mice. Am J Physiol Heart Circ Physiol 301(2):
H269–H278. https://doi.org/10.1152/
ajpheart.00320.2011

9. Stypmann J (2007) Doppler ultrasound in mice.
Echocardiography 24(1):97–112. https://doi.
org/10.1111/j.1540-8175.2006.00358.x

Mouse TAC Surgery 193

https://doi.org/10.1016/j.ijcha.2016.03.007
https://doi.org/10.1016/j.ijcha.2016.03.007
https://doi.org/10.3791/55293
https://doi.org/10.3791/55293
https://doi.org/10.1371/journal.pone.0072651
https://doi.org/10.1371/journal.pone.0072651
https://doi.org/10.1152/ajpheart.00320.2011
https://doi.org/10.1152/ajpheart.00320.2011
https://doi.org/10.1111/j.1540-8175.2006.00358.x
https://doi.org/10.1111/j.1540-8175.2006.00358.x


Chapter 15

Characterization of the Differential Progression of Left
Ventricular Remodeling in a Rat Model of Pressure Overload
Induced Heart Failure. Does Clip Size Matter?

Antoine H. Chaanine and Roger J. Hajjar

Abstract

Despite the use of inbred animals, phenotypic variability is usually encountered in rats subjected to pressure
overload. This chapter describes techniques for creating a rat model of pressure overload by ascending
aortic banding procedure and noninvasive characterization of the variable phenotypes by means of echo-
cardiography. We address the variable phenotypes encountered in this model with moderate versus severe
ascending aortic banding. We also describe some of the echocardiographic and hemodynamic parameters
and the degree of interstitial fibrosis and extracellular matrix remodeling encountered in each of the
different phenotypes.

Key words Ascending aortic banding, Pressure overload, Phenotypes, Hypertrophy, Heart failure,
Myocardial remodeling, Fibrosis

1 Introduction

Heart failure (HF) is a prevalent disease affecting more than 23 mil-
lion people worldwide [1]. Studies seeking to define the mechan-
isms leading to HF or to test novel HF therapeutics commonly use
rodent models of pressure overload (PO) produced by ascending or
transverse aortic banding as a time-telescoped model of human
systemic hypertension or severe aortic stenosis. Following PO,
there is a gradual increase in left ventricular (LV) wall thickness as
a compensatory mechanism to adapt and to adequately reduce the
increased LV wall stress; however, the development of concentric
LV hypertrophy is maladaptive and is associated with the activation
of a number of pathways that lead to myocardial remodeling and
transition into a HF phenotype due to altered calcium handling,
changes in metabolic patterns and gene expression as well as
enhanced apoptosis and autophagy and extracellular matrix remo-
deling [2–6].

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
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Despite the use of inbred rodent strains, there is tremendous
phenotypic variability in LV chamber structure and function in
aortic banding models [7–9]. Here we describe the different phe-
notypes encountered in SpragueDawley rats subjected to ascending
aortic banding (AAB) using a vascular clip with an internal area of
2mm2 (moderate AAB) and 1.5mm2 (severe AAB), Fig. 1a, respec-
tively. The advantages of using a vascular clip compared to a stitch

Fig. 1 (a) Vascular clip (hemoclip) internal area in moderate versus severe ascending aortic banding.
&P < 0.05 versus moderate. (b–e) Body weight and heart, left ventricle (LV) and right ventricle weight to
body weight ratio in Sham, CR, MILD, MOD, and SHF phenotypes. *P < 0.05 vs. Sham, +P < 0.05 vs. CR and
MILD, and {P < 0.05 vs. MOD. CR concentric remodeling, MILD mild eccentric remodeling, MOD moderate
eccentric remodeling, SHF systolic heart failure
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for aortic banding is that the size of the vascular clip is standardized
and is consistent between animals. Despite that, there remains phe-
notypic variability between animals that had developed severe PO
and severe concentric hypertrophy with LV maximum pressure
exceeding 200 mmHg and LV wall thickness of ffi3 mm, respec-
tively. Also, failure rates exist due to unsuccessful banding or due to
band internalization and periband aortic remodeling [9].

The phenotypes encountered with moderate AAB, vascular clip
internal area of 2 mm2, 8 weeks post-AAB, and all having severe PO
and severe concentric LV hypertrophy, are (1) compensated con-
centric remodeling (CR), (2) mild eccentric remodeling (MILD),
and (3) moderate eccentric remodeling (MOD), none of them
developing overt systolic dysfunction. The characterization of the
aforementioned phenotypes is done by echocardiography and is
described elsewhere in detail [10]. Of the total number of banded
animals, these aforementioned phenotypes develop at a rate of 20%
for each phenotype. Therefore, 60% of the banded animals develop
the above phenotypes. The remaining 40% of the banded animals
are distributed as follows: 20% death and 20% AAB failure and
regression of hypertrophy due to above aforementioned reasons.
The first two phenotypes, the CR and MILD, are more suitable to
study diastolic dysfunction and therapies targeting diastolic dys-
function, while theMODphenotype is more suitable to study path-
ways involved in, and therapies targeting, myocardial remodeling
and prior to transition into a systolic HF phenotype. Differences
between the three aforementioned phenotypes in regards to LV size
and function, extracellular matrix remodeling, and alterations in
myocardial signal transduction pathways involved in myocardial
remodeling and oxidative capacity are published elsewhere [10].

The overt systolic HF (SHF) phenotype is encountered only
with severe AAB, vascular clip internal area of 1.5 mm2, and at a rate
of 13% of the totally banded animals. Of note, the CR, MILD and
MOD phenotypes are encountered as well with severe AAB, at
8 weeks post-AAB; but at a slightly less percentage rate, of about
9% for each phenotype, when compared to moderate AAB. More-
over, severe AAB carries a higher post-operative mortality, within
the first week post-AAB, compared to moderate AAB, 21% versus
5%, respectively. Thereafter, week 2 to week 8 post-AAB, the mor-
tality rate is about the same between both, moderate and severe,
groups, 15% vs. 19%, respectively. Failure rate between both groups
is about the same, 20%. The phenotypic variability, mortality and
failure rate percentages between moderate and severe AAB are
summarized in Table 1.

Differences in body weight, heart weight, echocardiographic
parameters, pressure–volume loop parameters, extracellular matrix
remodeling and myocardial signal transduction between the differ-
ent phenotypes are presented elsewhere [10, 11] and are summar-
ized in Figs. 1b–e, 2, and 3. It is critical to properly characterize the
different phenotypes in order to minimize variability in molecular
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expression between animals; and prior to implementing and study-
ing effects of therapeutic strategies on myocardial function, struc-
ture, and signal transduction. The heart weight and LV weight to
body weight ratio progressively increases from the CR and MILD
phenotypes to the MOD phenotype and is the highest in the SHF
phenotype, Fig. 1c, d. The difference in heart weight between the
MOD and SHF phenotypes is mainly related to differences in RV
weight rather than significant difference in LV weight. The RV to
body weight ratio is increased in the MOD phenotype compared to
Sham, and is much higher in the SHF phenotype compared to the
other phenotypes, Fig. 1e. This correlates with the significantly
higher LV end-diastolic pressure, Fig. 3b, and LV interstitial fibro-
sis, Fig. 3e, encountered in the SHF phenotype compared to the
other phenotypes. Representative long and short parasternal axis
two dimensional (2D) images and M-mode images at the level of
the papillary muscle and aortic valve of the different phenotypes are
presented in Fig. 2a. LV posterior wall thickness, LV end-diastolic
and end-systolic volumes as well as LV ejection fraction are pre-
sented in Fig. 2b–e. Note that significant LV and left atrial remo-
deling is present in the MOD and SHF phenotypes only. Thus,

Table 1
Phenotypes, mortality, and failure rate percentages in moderate versus severe ascending aortic
banding

Phenotypes, mortality and failure rates post-AAB

Vascular Clip Internal Area

Moderate - 2 mm2(%) Severe - 1.5 mm2(%)

Phenotypes: CR, MILD, MOD and SHF (week 8 post-AAB)

CR 20 9

MILD 20 9

MOD 20 9

SHF 0 13

Total 60 40

Mortality

Early (day 0 - day 7) 5 21

Late (week 2 - week 14)a 15 19

Total 20 40

Failure rate 20 20

Note: The different phenotypes develop 8 weeks post-AAB. It is not feasible to distinguish the different phenotypes at

week 3 post-AAB, the time at which all phenotypes have severe concentric and compensated left ventricular hypertrophy
AAB ascending aortic banding, CR concentric remodeling,MILDmild eccentric remodeling,MODmoderate eccentric

remodeling, SHF overt systolic HF
aFor the late mortality majority of animals die between week 2 and week 8 post-AAB
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Fig. 2 (a) Representative echocardiography parasternal long (PLAx) and short (PSAx—at the level of papillary
muscle) axis 2D images, traced in end-diastole and end-systole, as well as M-mode images at the level of
papillary muscle and aortic valve of the different phenotypes. Ld length in diastole, Ls length in systole, Ad
area in diastole and As area in systole. Ao aorta and LA left atrium. (b–e) LV posterior wall thickness in diastole
(LVPWd), LV end-diastolic volume (LVEDV), LV end-systolic volume (LVESV) and LV ejection fraction (LVEF) in
the different phenotypes. *P < 0.05 vs. Sham, +P < 0.05 vs. CR and MILD, and {P < 0.05 vs. MOD
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meticulous echocardiographic characterization of the different phe-
notypes is critically important. Pressure–volume loop parameters
and interstitial fibrosis data are presented in Fig. 3. Note that the
highest LV end-diastolic pressure is present in the SHF phenotype
followed by the MOD phenotype. Both phenotypes have similar
degree of myocardial stiffness, but myocardial contractility and
efficiency gradually decreases with progressive LV remodeling and
shift of LV volumes to the right. Also, there is progressive extracel-
lular matrix remodeling associated with the degree of LV remodel-
ing. More importantly, the increase in collagen I (yellow) and

Fig. 3 (a–d) LV maximum pressure (LVPmax), LV end-diastolic pressure (LVEDP), end-diastolic pressure–vo-
lume relationship (EDPVR) and end-systolic pressure–volume relationship (ESPVR) in the different phenotypes.
(e) LV interstitial fibrosis by light and polarized microscopy. Collagen I (yellow) and collagen III (green).
*P < 0.05 vs. Sham, +P < 0.05 vs. CR and MILD, and {P < 0.05 vs. MOD. CAF collagen area of fibrosis
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collagen III (green), under polarized microscopy, becomes more
significant in the MOD, but more so, in the SHF phenotypes,
Fig. 3e. Thus, it is important to characterize and quantify not
only the degree of interstitial fibrosis, but also collagen type.

2 Materials

2.1 Model Creation 1. A heating pad and warm blankets.

2. A mechanical ventilator for small animals, such as SAR-830/
AP model.

3. Disinfectants: 70% isopropyl alcohol and povidone–iodine.

4. Anesthetics and analgesics: ketamine, xylazine, and
buprenorphine.

5. 20 � 25 cm plastic board. Thickness should be about 3–5 mm.

6. Z-LITE fiber optic illuminator.

7. 100% cotton twine.

8. 2-0 and 3-0 vicryl taper sutures.

9. 14 and 16-Gauge angiocath for intubation and 25-Gauge nee-
dle for apical puncture.

10. Surgical tools: Hardened fine iris scissors, Tungsten Carbide
Scissors (straight sharp/blunt), Adson forceps, one Graefe
forceps straight and two Graefe forceps curved, Halsted-
Mosquito Hemostats-straight, Kelly hemostats straight,
Mayo-Hegar needle holder, chest retractors, Weck stainless
steel Hemoclip ligation (cat# 533140) and stainless steel ligat-
ing clips (cat# 523435).

11. Sterile gauze and sterile cotton tipped applicators-6 in.

12. Surgical tape.

2.2 Evaluation

of the Model

1. Echocardiography apparatus with a >14 MHz probe.

2. A 1.9F rat P-V catheter and a system (converter, recording and
analysis software).

3. Hood, jars for staining, alcohol, xylene, and PicroSirius Red
Stain kit.

4. Polarized light microscope.

3 Methods

3.1 Ascending Aortic

Banding

Theprocedure is performedon180–220gmaleSprague-Dawley rats.

1. The animal is anesthetizedwithKetamine 65–75mg/kg +Xyla-
zine 2–5 mg/kg, intraperitoneally.
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2. The hair is shaved on the surgical site (right thoracic area,
lateral) under the right armpit.

3. After endotracheal intubation with 16-Gauge angiocath,
mechanical ventilation is initiated with tidal volumes of 2 mL
at 50 cycles/min and FiO2 of 21%.

4. The animal is slowly turned to lie on its left side. The shaved
area will be disinfected with topical application of
povidone–iodine.

5. Right lateral thoracotomy, parallel to the ribs and 1 cm long, is
performed 1 cm below the axilla, between the second and the
third ribs, to access the ascending aorta (see Notes 1–3).

6. The thymus gland is gently dissected and then the aorta is
identified, exposed and isolated from the superior vena cava
by blunt dissection (see Notes 4 and 5).

7. Afterwards, a vascular clip (hemoclip), size described above, is
placed around the ascending aorta, just above the aortic valve
plane and prior to the takeoff of the brachiocephalic artery. The
ascending aorta is gently lifted via a curved Graefe forceps with
the left hand and the hemoclip, loaded into the hemoclip
ligation tool, is placed in a horizontal plane over the ascending
aorta using the right hand (see Notes 6–8).

8. The thorax will be then evacuated and closed using a 2-0
monofilament sutures. The muscle layer is sutured using 3.0
vicryl taper, then the skin incision is sutured using 3.0 cutting
sutures.

9. Buprenorphine SR, 0.6–1 mg/kg, is then administered
subcutaneously.

10. Finally, the animal is left to recover on heating pad with O2

supply under regular monitoring. Once the animal shows signs
of recovery from anesthesia (able to breath spontaneously—
without evidence of gasping or use of accessory muscles for
more than 2 min—and has good reflexes, red and warm extre-
mities), it will be extubated and allowed to recover from
anesthesia.

3.2 Echocardio-

graphy

Transthoracic echocardiography is performed to evaluate successful
banding and disease progression.

1. Animal is sedated with ketamine 80–100 mg/kg injected intra-
peritoneally (see Notes 9 and 10).

2. The chest hair is shaved on the procedure site.

3. Parasternal long and short axis—at the level of papillary mus-
cle—2D views are obtained to calculate the LV end-diastolic
(LVEDV) and end-systolic (LVESV) volumes as well as the
ejection fraction of the LV (LVEF) using the area length
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method: V ¼ 5/6 � A � L; where V: is the volume in ml, A: is
the cross sectional area of the LV cavity in cm2, obtained from
the short axis 2D image in diastole and in systole, and L: is the
diastolic length of the LV cavity in cm, measured from the long
axis 2D image as the distance from the endocardial LV apex to
the mitral-aortic junction (see Notes 11–13).

4. M-mode images are obtained from the short axis view at the
level of the papillary muscle to measure the thickness of the
septum (IVSd, cm) and the posterior wall at end-diastole
(LVPWd, cm) as well as the LV end-diastolic (LVIDd, cm)
and LV end-systolic internal dimensions (LVIDs, cm) and to
calculate LV fractional shortening (LVFS, %) using the for-
mula: ([LVIDd�LVIDs] � 100/LVIDd) (see Notes 11
and 13).

5. M-mode images at the level of the aortic valve are obtained to
assess left atrial diameter, measured in diastole.

3.3 Invasive

Pressure–Volume Loop

Measurements

1. The animal is anesthetized with inhaled 5% (volume/volume)
isoflurane for induction, and subsequently intubated using
14-Gauge angiocath and mechanically ventilated as noted
above Subheading 3.1, step 3.

2. Isoflurane is then lowered to 2–3% (volume/volume) for sur-
gical incision. The chest is opened through a median sternot-
omy (see Note 14).

3. A rat P-V catheter is inserted into the LV apex through an
apical stab performed with a 25G needle (see Notes 15–17).

4. Isoflurane is then adjusted (0.5–1%) to maintain anesthesia and
a stable heart rate of approximately 350–400 bpm.

5. Hemodynamic recordings are performed 5 min after stable
heart rate.

6. The intrathoracic inferior vena cava is transiently occluded to
decrease venous return during the recording to obtain P-V
end-systolic (ESPVR) and end-diastolic (EDPVR)
relationships.

7. Linear fits of the ESPVR are used to calculate the end-systolic
elastance (Ees) slope and volume intercept (V0) and exponen-
tial of the EDPVR are used to derive the LV stiffness
constant (β).

8. To adjust for the degree of LV hypertrophy, the dimensionless
chamber stiffness index (DCSI) can be calculated by multiply-
ing the EDPVR by the LV mass.

9. Blood resistivity is measured using a vendor supplied probe for
rho value calibration.

10. Calibrate the pressure sensors and acquire pressure–volume
data (see Note 18).
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3.4 PicroSirius Red

Staining in Fresh

Frozen Tissue Sections

1. Slides, with LV sections about 7 μm thick, are fixed in 100%
ETOH for 2 min then 50% ETOH for 2 min.

2. After three washes in deionized water, 3 min each, slides are
stained with PicroSirius red stain for 1 h.

3. Then slides are washed in 0.5% acetic acid solution twice for
2 min.

4. Subsequently, slides are dehydrated by ethanol 95% and 100%
bath, 2 min each.

5. After two baths of xylene, slides are mounted with Cyotseal
60 (Thermo Scientific, Waltham, MA, USA).

6. 4� and 10� magnification micrographs are taken by light
microscopy and LV interstitial fibrosis is quantified from the
10�-magnified images using Image J software (NIH). At least
ten fields per animal are quantified.

7. Polarized microscopy micrographs are taken under 4� magni-
fication to assess for the collagen type, yellow: collagen I, and
green: collagen III.

4 Notes

1. The dissection of the chest area, underneath the right armpit,
shouldbeperformedwith care inorder toavoid injury/dissection
of the right axillary artery.

2. Thoracotomy should be performed right underneath the arm-
pit at the level of the second and third ribs. Thoracotomy
performed between the first and second ribs or third and fourth
ribs makes it harder to visualize the ascending aorta for place-
ment of vascular clip.

3. When performing thoracotomy, care should be taken in order
not to traumatize the right internal mammary artery, which
usually runs medially and close to the sternum.

4. Gently dissect the two lobes of the thymus gland, as significant
manipulation of the thymus gland will render it swollen, which
impairs the visualization of the ascending aorta for the place-
ment of the vascular clip.

5. Dissection of the aorta from the superior vena cava (SVC), via a
curved Graefe forceps, should be done with care, as it is easy to
injure/rupture the SVC, which is often fatal.

6. The hemoclip ligation tool should be adjusted, using a plastic
precut twist tie—700, to obtain a vascular clip of the specified
internal diameter of 1.5 mm2 or 2 mm2.

7. After dissecting the aorta from the SVC, carefully lift the
ascending aorta, using a curved Graefe forceps, and place the
vascular band right before the takeoff of the brachiocephalic
artery.
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8. Be cautious not to band the brachiocephalic artery instead of
the ascending aorta, which could happen if the aorta is not well
visualized.

9. The animal must be completely sedated.

10. Animals that develop SHF are very sensitive to sedation and
should be given half the dose of sedative that is administered to
sham animals. Ketamine is a preferred agent over Isoflurane as
the latter is associated with significant cardiodepressive effect.

11. Images should be acquired at heart rates between 370 and
420 beats/min.

12. Foreshortened long parasternal axis 2D images lead to false
measurements. For quality control, the apex of the heart and
the aortomitral angle should be well visualized. The length is
measured from the apex (endocardium) to the aortomitral
angle at end-diastole and end-systole.

13. Short parasternal axis 2D images are taken at the level of the
papillary muscle. The area in diastole and in systole is measured
by tracing the endocardium at end-diastole and end-systole.

14. Cardiac hemodynamics in this model of AAB can only be
performed via an open chest, as the vascular clip is so tight,
which makes it impossible to pass the P-V loop catheter retro-
gradely from the right carotid artery through the ascending
aorta and into the LV.

15. Apical puncture in the diseased, PO, animals is associated with
gushing of blood from the apex. It is very important to wear
protective eyeglasses and work as fast as possible to insert the
catheter through the apical puncture, without damaging the
P-V loop catheter.

16. To lessen the amount of blood loss, it is best if the apical
puncture is performed when the animal is under sedation
with 3% inhaled isoflurane as the LV maximum pressure is
significantly lower, compared to 0.5–1% inhaled isoflurane,
due to the isoflurane-associated cardiodepressive effect.

17. If animal develops ventricular fibrillation, especially after apical
puncture, gentle massage of the heart may revert it into normal
rhythm. Also, it is important to ascertain that the animal is
warm and to avoid air blowing into the chest from the sur-
rounding to prevent ventricular arrhythmias and unstable
rhythm.

18. The position of the catheter needs to be adjusted meticulously
within the LV in order to obtain the highest volume and the
best P-V loop shape. Also, care should be taken to ascertain
that there is no biting of the catheter at end-systole which gives
a falsely higher LV end-systolic pressure. In that case minute
adjustment of the catheter position within the LV cavity can
help resolve the problem.
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Chapter 16

Isoproterenol-Induced Heart Failure Mouse Model
Using Osmotic Pump Implantation

Sunny C. Chang, Shuxun Ren, Christoph D. Rau, and Jessica J. Wang

Abstract

Isoproterenol is used widely for inducing heart failure in mice. Isoproterenol is a nonselective beta-
adrenergic agonist. The acute model mimics stress-induced cardiomyopathy. The chronic model mimics
advanced heart failure in humans. In this chapter, we describe a protocol that we used to induce heart failure
in 100+ strains of inbred mice. Techniques on surgical pump implantation and echocardiography are
described in detail. We also discuss the impact of drug dosage, duration, mortality, age, gender, and strain
on cardiac remodeling responses. The success of model creation may be assessed by echocardiogram or
molecular markers. This chapter may be relevant to those who are interested in using this heart failure
model.

Key words Heart failure, Isoproterenol, Mouse model, Cardiac remodeling, Mouse strains,
Echocardiography

1 Introduction

Heart failure is a condition caused by inadequate pumping function
of the heart. Several mouse models are available for basic investiga-
tions and preclinical testing. Left anterior descending artery liga-
tion, transaortic constriction, and isoproterenol (ISO) aim at
different cardiac pathologies [1]. Investigators should choose a
model that best recapitulates their pathology of interest.

Both acute and chronic models of ISO have been used to study
cardiac injury (Fig. 1). The acute model mimics stress-induced
cardiomyopathy (SIC). SIC is characterized by apical segment ven-
tricular dysfunction with basal segment sparing. It occurs in the
setting of stressful life events. Adrenergic overstimulation has been
postulated to play important roles in its pathogenesis [2, 3]. Proto-
cols using one or few bolus injections have been described to mimic
SIC. In contrast, the chronic model uses an implantedminipump to
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release ISO continuously. This model mimics advanced heart failure
where there is chronic adrenergic stimulation. A few representative
protocols in literature are listed under Table 1.

Baseline 
Echocardiogram

Week 1 
Echocardiogram

Week 2 
Echocardiogram

Final 
Echocardiogram

Acute

Chronic
Isoproterenol
pump implant

Injections

Fig. 1 Acute and chronic isoproterenol models

Table 1
Representative dosages, route of administration, and duration for chronic isoproterenol models of
heart failure in mice

Strain Age
Gender
(see Note 6)

Dosage
(mg/kg/d) Route Duration

C57BL/6 [12] 6–8 weeks Male 3 s.c. daily 2 weeks

23 inbred mouse strains [13] 10–12 weeks Male 10 s.c. osmotic
pump

2 weeks

p110γ (unknown genetic
background) [14]

10–12 weeks Male 15 Osmotic
pump

7 days

100+ Hybrid Mouse Diversity
Panel strains [8, 9]

10–12 weeks Female 30 i.p. osmotic
pump

3 weeks

C57BL/6 [15] 8 weeks Male 40 s.c. osmotic
pump

10 days

C57BL/6 [16] 6–8 weeks Female 50 s.c. daily 7 days

BALB/c [17] 8–10 weeks Male 60 s.c. daily 7 days

A/J
C57BL/6J [18]

12–15 weeks Male 100 s.c. daily 5 days

C57BL/6 [19] 8 weeks Male 150 s.c. daily 7 days

AS-Ren mice [20] 3–5 months NA 600 s.c. BID Two
consecutive
days
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Success for ISO model creation can be assessed in vivo by serial
echocardiography demonstrating hypertrophy, dilation, and ven-
tricular dysfunction. Histological findings include intramyocardial
lipid accumulation and mild fibrosis [4]. Molecular signature from
the collected heart tissue samples can be performed ex vivo. ISO
causes cardiomyocyte ER stress, apoptosis, and a downregulation of
beta-adrenergic receptors and adenyl cyclase activities [5–7].

In our previously published study performed across 105Hybrid
Mouse Diversity Panel (HMDP) strains, we used a dosage of
30 mg/kg/d over 21 days via the osmotic pump implanted intra-
peritoneally [8, 9]. We observed striking interstrain variation in
terms of response to interventricular wall and left ventricular mass
hypertrophy, dilation, and ejection fraction (see Note 1). After
3 weeks of treatment, cardiac gene expression demonstrated signif-
icant changes between treatment and control groups across the
HMDP [9]. The differentially expressed genes spanned cellular
processes from extracellular matrix to inflammatory responses.
These processes gave a glimpse of heart failure mechanisms due to
beta-adrenergic stimulation. Here we describe the protocol we
used for the preparation and surgical implantation of osmotic
pumps and echocardiography.

2 Materials

1. Osmotic Pumps. Osmotic pumps of different sizes and drug
duration are available for purchase from Alzet. We chose the
ALZET Model 1004 minipumps with a 100 μL reservoir to
administer isoproterenol over 3 weeks.

2. Isoproterenol (Concentration varies depending on the body
weight of the animal due to constant flow rate.)

3. Depilatory cream.

4. Buprenorphine.

5. Ketamine.

6. Xylazine.

7. Ophthalmic ointment.

8. Surgical tools for mouse: scissors, forceps.

9. 5.0 absorbable suture.

10. 6.0 nonabsorbable suture.

11. Carprofen.

12. Amoxicillin.

13. Small animal anesthesia system: A tabletop anesthesia system
that includes an isoflurane vaporizer/regulator, tubing,
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induction chamber, face mask/nose cone, and passive scaveng-
ing system is required for echocardiography.

14. Echocardiography imaging system. An ultrahigh frequency
ultrasound imaging system with cardiovascular analysis soft-
ware, such as Visulsonics Vevo systems, is required for assess-
ment of cardiac structure and function. We used a 30 MHz
transducer for all image studies.

3 Methods

House animals in a vivarium with easy access to a surgical suite and
an echocardiogram imaging system.

3.1 Anesthesia for

Echocardiography

The use of inhaled isoflurane enables lesser trained operators to
achieve physiologic images (see Note 2). Minimize measurement
errors by using a uniform dosage of isoflurane throughout the
experiment. Different mouse strains have varying susceptibility to
isoflurane. Isoflurane dosage must be tailored to each mouse strain.
Physiological heart rate for mice is around 600 bpm. Heart rate
<475 bpm may be due to deep or prolonged sedation and should
be avoided.

1. Fill the isoflurane regulator reservoir with isoflurane.

2. Turn on the oxygen to 2 L.

3. Turn on the isoflurane regulator to 1.25% or 1.5% to anesthe-
tize each mouse in the induction chamber.

4. Once the mouse is appropriately sedated and secured on to the
warmed echocardiography platform with tape, decrease isoflur-
ane to a maintenance dosage of around 1%.

5. Take frequent notes of respiratory rate and heart rate.

6. Fine adjust isoflurane dosage as needed to maintain sedation
without affecting heart rate and respiratory rate throughout
the study.

3.2

Echocardiography

Echocardiography enables in vivo assessment of cardiac structures
and function. Relevant measurements include left ventricular wall
thickness, internal dimension, mass, and ejection fraction. Baseline
assessment is helpful in controlling for biological variation. After
isoproterenol treatment, reevaluation by echocardiogram can be
performed as frequently as desired. In our study we monitored
the mice weekly. The following steps are recommended to ensure
accurate comparisons between serial studies.

1. Image the left ventricle in B-mode in the parasternal long-
axis view.
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2. Carefully adjust the mouse handling table to position the long-
axis of the left ventricle in the same plane as the ultrasound
beam. In practice, we place the aortic valve and the apex of the
left ventricle in the same plane as the ultrasound beam. The
aortic valve and the apex serve as fix points that remain invari-
ant between serial studies on the same animal.

3. Adjust the tilt of the mouse handling table so that the long axis
of the left ventricle is at 90� to the ultrasound beam.

4. Turn the ultrasound probe 90� to reveal the LV in short axis.
Fine adjustments are made so that the maximum diameter of
the LV is seen.

5. Perform M-mode through the middle of the left ventricle to
image the walls and internal dimensions (see Note 3).

3.3 Preparation

of Isoproterenol

Osmotic Pump

Prepare osmotic pumps in a sterile environment such as a biosafety
laboratory cabinet. The dosage of isoproterenol should be adjusted
based on mortality and susceptibility to cardiac remodeling for each
strain [8]. We chose 30 mg/kg/d to induce cardiac remodeling in
most of the mouse strains. The osmotic pumps have a fixed delivery
rate. The #1004 pump we chose has a pumping rate of 0.11 μL/h,
duration of 28 days and reservoir volume of 100 μL. Prepare
enough isoproterenol solution (~120 μL) as some volume will be
lost in the filling tubing.

1. Weigh and record body weight for each mouse to calculate
appropriate amounts of isoproterenol drug needed. See
Table 2.

2. Use an analytical balance to weigh out the appropriate amount
of isoproterenol for each mouse.

3. Dissolve isoproterenol in sterile 0.9% NaCl solution. Appropri-
ate negative control for the experimental treatment is a solution
identical to that used for solubilizing the isoproterenol drug,
for example the 0.9% saline solution.

Table 2
Required dose of isoproterenol for commonly used animal weights

Isoproterenol 30 μg/g/d

Body
weight (g)

Daily dose
(μg/d)

Flow rate
(μL/d)

Concentration
(μg/μL)

Isoproterenol
(mg/120 μL)

20 600 2.64 227.3 27.3

21 630 2.64 238.6 28.6

22 660 2.64 250.0 30.0

23 690 2.64 261.4 31.4
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4. Weigh the empty pump together with its flow modulator.

5. Draw the isoproterenol solution into a 1.0 mL small syringe.
Attach the provided blunt-tipped, 27 gauge filling tube. Make
sure that the syringe and filling tube are free of air bubbles.

6. Remove the flow moderator. Hold the pump in the upright
position. Insert the filling tube through the opening at the top
until it can go no further. This places the tip of the tube near
the bottom of the pump reservoir.

7. Push the plunger of the syringe slowly to load the osmotic
pump. When the solution appears at the outlet, stop filling
and carefully remove the tube.

8. Wipe off excess solution and insert the flow moderator until
the white flange is flushed with the top of the pump. Wipe off
any overflow.

9. Weigh the filled pump to ensure that the fill volume is over 90%
of the reservoir volume of 100 μL.

3.4 Isoproterenol

Osmotic Pump

Surgical Implantation

Potential complications from isoproterenol pump surgery include
infection and death. Therefore, survival surgery should be per-
formed using sterile instruments, sutures, and septic procedures
to minimize microbial infection. Surgeons should put on a surgical
mask, bonnet and clean lab coat, and then wash and dry their hands
before aseptically donning sterile gloves. Please see Notes 3–5
regarding special considerations for age, gender, body size, and
mortality rate with regards to surgical morbidity and mortality.

1. Prepare the animal by removing hair using a depilatory, such as
Nair, at planned site of incision to minimize infections or other
complications from incident hair. Perform this procedure in an
area separate from where the surgery is to be conducted.

2. Administer buprenorphine 0.1 mg/kg s.c. to the back of the
neck between the shoulder blades. Wait 10 min for the medi-
cation to work.

3. Anesthetize with 100 μg/kg ketamine i.p. and 10 μg/kg xyla-
zine i.p.

4. Put ophthalmic ointment in the eyes to prevent the corneas
from drying out.

5. Prepare the surgical site with an appropriate skin disinfectant,
such as diluted Betadine or chlorhexidine. Alcohol is not an
adequate disinfectant and its evaporation may lead to hypother-
mia in small animals.

6. Make a 1 cm long midline skin incision in the lower abdomen
with surgical scissors. Carefully separate the skin from underly-
ing connective tissues using blunt-ended scissors.
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7. Use forceps to pick up the peritoneal wall. Cut a small (0.8 cm)
hole in the musculoperitoneal layer and the peritoneal wall
using fine surgical scissors while avoiding damage to the under-
lying bowel.

8. Insert the osmotic pump, flow moderator side first, into the
peritoneal cavity.

9. Close the musculoperitoneal layer and the peritoneal wall with
5.0 absorbable sutures in an interrupted fashion.

10. Close the skin incision with 6.0 nonabsorbable sutures.

11. Move the animal to a warm, dry area, such as a dedicated
incubator, and monitor it during recovery or overnight.
Return the animal to its routine housing only after it has fully
recovered from anesthesia.

12. To minimize pain and discomfort in the postoperative period,
we recommend carprofen 5 mg/kg s.c., which may be repeated
every 48 h as needed.

13. Administer antibiotic solution orally to prevent surgical site
infections. For example, amoxicillin (0.25 mg/mL) in drinking
water for 5 days.

14. Monitor every few days to check for complications (seeNotes 4
and 5).

15. Remove nonabsorbable sutures after 7–10 days.

3.5 Tissue Collection At the end of the protocol, endpoint assessment of cardiac structure
and function using echocardiography may be performed. In our
study, the minipump was capable of delivering constant isoprotere-
nol dosage for 28 days. We made our end measurements at 21 days.
After sublethal dosage of inhaled isoflurane followed by cervical
dislocation, heart weight can be confirmed and heart and other
tissues can be collected.

4 Notes

1. In our study, we included females from >100 inbred mouse
strains. Isoproterenol caused a wide spectrum of cardiac remo-
deling phenotypes (Fig. 2 reproduced from PLoS Genet 2016
with permission from the Public Library of Science (PLOS)
[9]). Expected time for the model development and weekly
changes in echocardiography parameters for each strain are
shown in Fig. 3 (reproduced from PLoS Genet 2016 with
permission from PLOS) [9]. Overall, LVIDd and LVM
increased over a period of 3 weeks. IVSd and FS increased in
the first week but decreased by later time points. Of note,
during the final assessment, most strains showed normal
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systolic heart function. With ongoing isoproterenol infusion,
normal systolic function represents impaired contractile
reserve.

2. Isoflurane can have a negative effect on cardiac chronotropy
and inotropy. Echocardiogram may be performed without
sedation by experienced operators.

3. The sternum may cast a bony shadow over the image. The
probe should be repositioned to image from a different rib
interspace. The right ventricular wall may make it difficult to
measure the interventricular wall borders. Measure cardiac
dimensions in real time so that poorly delineated borders can
be immediately reinterrogated by taking additional modified
views. Accurate measurements are critical to the downstream
comparisons.

4. Age and body size. Mice weighing <20 g have a higher early
surgical mortality associated with surgical procedures (death
within 48 h). Allowing female mice to mature to at least
9–10 weeks of age will lower early surgical mortality.

Fig. 2 Variation in echocardiographic measures of cardiac structure and function among HMDP mouse strains.
Black bars represent measurements under the baseline condition in ranked order. White bars represent
measurements after 3 weeks of continuous ISO infusion. IVSd Interventricular septal wall thickness, LVIDd Left
ventricular diastolic diameter, LVM Left ventricular mass, FS Fractional shortening. Error bars represent the
standard errors of the means
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5. Mortality rate and cardiac fibrosis. It is important to consider
strain-specific rates of operative mortality and susceptibility to
isoproterenol when planning an experiment (Table 3) [8]. In
the HMDP study, 139 (29.6%) mice out of 470 mice in the
isoproterenol treatment group died before the end of the pro-
tocol. Most (127) died within the first 48 h of treatment. Once
mice survived the initial surgery, few died during the course of
the study from heart failure complications. Specifically, 100%
mortality occurred in BXA-12/PgnJ and BXD-34/TyJ; 86% in
BTBRT<+>tf/J; 83% in NZW/LacJ; 64% in BXD40/TyJ;
and 58% in BALB/cJ. Finally, ISO caused more cardiac fibrosis
in some strains than in others. For example, the strain KK/HlJ
had markedly increased fibrosis after ISO stimulation (Fig. 4
reproduced from Circ Cardiovasc Genet 2015 with permission
from Lippincott Williams & Wilkins) [8].

6. Gender. Sex differences in cardiovascular disease are well-
known in the literature. Considerations regarding gender
must be made when planning an experiment. In an ischemia
reperfusion injury model, female mouse demonstrated higher
postischemic contractile function and lesser ATP-depletion
[10]. In a chronic isoproterenol model, Klingman et al. found
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Fig. 3 The changes in echocardiographic measures compared to baseline at each ISO time point for individual
classical inbred strains
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Table 3
Mouse strains and deaths in the isoproterenol group

Strain Control Isoproterenol Deaths (<48 h)

129X1/SvJ 3 8 1

A/J 3 8 3

AKR/J 2 6 0

AXB-10/PgnJ 2 3 0

AXB-12/PgnJ 1 2 2

AXB-13/PgnJ 0 1 1

AXB-18/PgnJ 4 4 1

AXB-19/PgnJ 5 5 2

AXB-20/PgnJ 1 4 2

AXB-4/PgnJ 1 2 0

AXB-6/PgnJ 1 2 1

AXB-8/PgnJ 3 5 0

BALB/cByJ 2 4 1

BALB/cJ 6 12 7

BTBRT<+>tf/J 5 14 12

BUB/BnJ 3 8 3

BXA-1/PgnJ 2 3 1

BXA-11/PgnJ 1 1 0

BXA-12/PgnJ 1 3 3

BXA-14/PgnJ 4 5 0

BXA-16/PgnJ 2 4 0

BXA-2/PgnJ 3 4 1

BXA-24/PgnJ 5 8 4

BXA-4/PgnJ 4 4 0

BXA-7/PgnJ 5 5 0

BXA-8/PgnJ 1 2 1

BXD-1/TyJ 1 0 0

BXD-11/TyJ 2 2 1

BXD-12/TyJ 2 2 0

BXD-14/TyJ 1 3 0

BXD-15/TyJ 1 2 2

(continued)
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Table 3
(continued)

Strain Control Isoproterenol Deaths (<48 h)

BXD-19/TyJ 0 2 1

BXD-20/TyJ 0 1 1

BXD-21/TyJ 6 9 2

BXD-22/TyJ 0 1 1

BXD-24/TyJ 2 1 0

BXD-27/TyJ 1 3 3

BXD-31/TyJ 1 1 0

BXD-32/TyJ 4 5 2

BXD-33/TyJ 1 1 1

BXD-34/TyJ 2 5 5

BXD-38/TyJ 4 6 4

BXD-39/TyJ 2 3 0

BXD-40/TyJ 7 14 9

BXD43 2 5 0

BXD44 2 2 0

BXD45 3 4 2

BXD48 2 4 0

BXD49 3 3 0

BXD-5/TyJ 1 1 0

BXD50 4 5 1

BXD55 2 5 1

BXD56 3 4 3

BXD-6/TyJ 1 1 0

BXD61 4 7 2

BXD62 3 4 1

BXD64 3 3 0

BXD66 3 3 0

BXD68 3 5 0

BXD69 1 0 0

BXD70 3 4 1

BXD71 1 1 0

(continued)
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Table 3
(continued)

Strain Control Isoproterenol Deaths (<48 h)

BXD73 3 5 1

BXD74 2 2 0

BXD75 3 6 1

BXD79 3 4 0

BXD-8/TyJ 1 2 0

BXD84 3 6 1

BXD85 1 2 0

BXD86 2 2 2

BXD87 3 3 0

BXH-19/TyJ 1 3 0

BXH-6/TyJ 4 5 0

BXH-9/TyJ 1 2 0

BXHA1 0 1 0

BXHB2 4 5 0

C3H/HeJ 4 8 1

C57BL/6J 6 11 4

C57BLKS/J 3 5 3

C57L/J 2 3 0

C58/J 2 4 1

CBA/J 3 7 0

CE/J 2 3 0

CXB-11/HiAJ 2 3 1

CXB-12/HiAJ 4 6 2

CXB-13/HiAJ 2 5 1

CXB-3/ByJ 4 3 0

CXB-6/ByJ 3 7 4

CXB-7/ByJ 2 3 1

CXBH 2 5 1

DBA/2J 6 11 3

FVB/NJ 6 10 1

KK/HlJ 2 4 0

(continued)
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elevated heart to body weight ratio in males but not in females
[11]. Finally, total norepinephrine levels in parotid and sub-
maxillary glands were reduced in males but not in females.

Acknowledgments

The discussed protocol has been developed in the laboratory of
Dr. Yibin Wang.

Table 3
(continued)

Strain Control Isoproterenol Deaths (<48 h)

LG/J 4 4 1

LP/J 3 3 0

MA/MyJ 3 4 0

NOD/LtJ 3 7 0

NON/LtJ 4 6 1

NZB/BlNJ 2 4 1

NZW/LacJ 3 6 5

PL/J 2 7 2

RIIIS/J 4 9 3

SEA/GnJ 3 9 5

SJL/J 2 7 2

SM/J 3 3 0

SWR/J 4 9 5

Fig. 4 Distribution of cardiac fibrosis before and after isoproterenol treatment in the HMDP. Data is organized
based on the amount of fibrosis observed after isoproterenol treatment and displays mean +/� standard
deviation
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Chapter 17

Rat Model of Cardiotoxic Drug-Induced Cardiomyopathy

Takehiro Nakahara, Takashi Tanimoto, Artiom D. Petrov,
Kiyotake Ishikawa, H. William Strauss, and Jagat Narula

Abstract

Cardiotoxicity from cancer drugs remains a clinical problem. To find reliable markers of cardiotoxicity,
animal models were proposed and potential new diagnostic markers have been actively investigated using
these models. Here we describe our protocols, using male Sprague-Dawley rats, for inducing cardiomyop-
athy by single injection of high-dose doxorubicin (5–10 mg/kg) or multiple injections (2–4 times) of
low-dose doxorubicin (2.5 mg/kg) with combined single injection of trastuzumab (10 mg/kg). The
cardiotoxicity is evaluated by imaging modalities (echocardiography and nuclear imaging), serum troponin
levels, and histopathological analyses.

Key words Doxorubicin, Traszmab, Cardiotoxicity, Echocardiography, Left ventricular ejection
fraction, Troponin

1 Introduction

Although the remission rate of cancer therapy improved [1], cardi-
otoxicity from cancer drugs still remains the problem [2–4]. The
myocardial damage from cancer drug leads to decreases in left
ventricular ejection fraction (LVEF) and worsens the prognosis.
To detect early signs of cardiotoxicity from cancer drugs, in partic-
ular doxorubicin (Dox) and recently trastuzumab (Trz), several
animal models of cardiotoxicity (mouse, rat, and rabbit) were pro-
posed and used for identifying diagnostic markers. These animal
models are easy to create with high reproducibility; however, chal-
lenges remain in converting the dose and intervals from clinical
regimen to animal protocols.

These models can be classified, depending on the injection
protocols, into short-term models (~2 weeks) and long-term mod-
els (2–12 weeks). In rat short-term models, animals receive single
dose (10–30 mg/kg) of Dox once I.V. or I.P. Other short-term
models use 2–3.4 mg/kg of Dox every other day for six times,
(cumulative dose of 12–20 mg/kg) [5–14]. For rat long-term

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
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models, animals usually receive 1–5 mg/kg of Dox I.P. or I.V. every
week for 2–12 weeks, with the cumulative dose of 3–25 mg/kg
[15–27]. Trz (10 mg/kg) is commonly injected with or without
Dox, based on clinical chemotherapy regimens that use both Trz
and Dox [5, 21, 28]. In mouse short-term models, animals receive
6–20 mg/kg of Dox I.P. or I.V. for one time with or without Trz
10 mg/kg [29–40]. In mouse long-term models, animals receive
3–9 mg/kg of Dox I.P. or I.V. once every week or twice per week
for 4–12 weeks (cumulative dose of 12–40 mg/kg)
[37, 41–49]. Alternatively, Trz is combined to Dox in some of
the chronic protocols. In rabbit models, animals receive 2 mg/kg
of Dox every week for 1–8 weeks [50–54]. Although various study
lengths have been used and animals seem to complete study proto-
cols in each study, protocols are generally shorter in those using
high-dose drugs, likely due to the short survival. For example, one
study reported that 10 mg/kg Dox single injection resulted in 80%
mortality at 28 days, whereas five weekly injections of 2 mg/kg
Dox models survived approximately for 100 days [12]. Thus,
short-term model with high-dose injection will be suitable to eval-
uate acute cardiotoxicity whereas low-dose long term model will be
suitable to evaluate chronic cardiotoxicity. In this chapter, we
describe our short-term protocols and the methods to detect car-
diotoxicity in rats [5].

2 Material

For some materials, approvals may be required from appropriate
institutional committees.

1. Animals: Sprague-Dawley 8-week-old male rats (see Note 1).

2. Rat normal diet.

3. Syringes (1 mL); measure dead space within the syringe for
injecting exact dose.

4. IV catheters and needles (22G/23G).

5. Restrainer.

6. Isoflurane.

7. Oxygen.

8. Instruments for anesthesia including boxes and masks.

9. Gauze.

10. Phosphate buffered saline (PBS).

11. Saline.

12. Echocardiography with ECG leads and high frequency trans-
ducers (see Note 2).

13. Micro SPECT/CT (collimator for experimental animals) with
nuclear tracers.
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14. Heating pad.

15. ELISA kit.

16. Plate reader.

17. 4% paraformaldehyde (PFA).

18. Dimethyl sulfoxide (DMSO).

19. Doxorubicin (Dox).

20. Trastuzumab (Trz).

3 Methods

In our protocol, animals are imaged using echocardiography for
every injection. Animals are anesthetized for echocardiography;
however, they will be fixed in the restrainer without anesthesia for
drug injections.

3.1 Injection An overview of our injection protocol is described in Note 3.

1. Prepare Dox or Trz as calculated. Although ready-to-use Dox
and Trz solutions are available, Dox powder can be solved with
4% dimethyl sulfoxide (DMSO). One milliliter of Saline is also
prepared in a syringe for flush.

2. Evaluate baseline cardiac function (or during follow-up) as
described later (Subheadings 3.2 and 3.3.).

3. After finishing echocardiography, the animals are inserted into
a restrainer and the tail is pulled out from the bottom hole.

4. Immobilize the animal with a restrainer, fix the tail, and insert
an IV catheter into the tail vein. Veins can be found on the
lateral sides of the tail (Fig. 1). When inserting the IV catheter,
check the back flow.When the back flow is observed, lean down
the catheter and slightly push forward for only 1 mm in order
to insert the catheter. Insert the catheter into the vein while
pulling back the needle. After inserting the catheter, attach a
syringe filled with saline and check whether blood can be drawn
smoothly. Then inject saline (see Note 4).

5. Inject prepared Dox or Trz. Upon injection, immediately
change the syringe and flush the drugs with saline.

6. After injection, remove the IV catheter from the vein and
compress the wound firmly with gauze to treat bleeding (usu-
ally stops within 4–5 min).

7. After Isoflurane discontinuation, only oxygen is provided until
the animal is awake.

8. Animal is put back to the cage and monitored until they are
fully recovered from anesthesia.
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3.2 Echocardio-

graphy

1. Anesthetize the animal with 2% isoflurane–98% oxygen (see
Note 5).

2. Shave the body hair, especially on the chest, and fix the animal
on a board. It is recommended to place a heating pad to
maintain the body temperature during the imaging.

3. Attach ECG leads to limbs. Wrap with PBS-soaked gauze and
clip the gauze with the metal. Attach ECG leads to the metal
clips (Fig. 2).

4. Apply the probe on the chest and use 2D mode to obtain
parasternal view (long-axis/short-axis), subxiphoid view and
apical view (see Note 6).

3.3 Micro-SPECT/CT 1. Inject nuclear tracer into the tail vein (See Subheadings 3.1),
and wait until the optimized timing for imaging.

2. Anesthetize the animal with 2% isoflurane–98% oxygen (see
Note 5).

3. Fix the animal on SPECT/CT bed.

4. A micro-CT scan image is acquired using an X-ray tube
operating at recommended setting.

5. Immediately after micro-CT scan, acquire micro-SPECT
images in an optimized photopeak of nuclear tracers using
multi pinhole collimator. Micro-SPECT images are recon-
structed and transferred to image display and analysis.

6. The micro-SPECT images and micro-CT images can be fused
using manufactures’ software.

Vein
Artery
Tendon
Bone

(A) (B)

(C)
NeedleCatheter

Back flow

restrainer

rat

tail

Vein

Fig. 1 Tips for injection. (A) Fix the animal with restrainer and pick up the tail and
insert an IV catheter in the tail vein. (B) Target veins can be found on the lateral
side of the tail. (C) When inserting the IV catheter, check the back flow. When
back flow is observed, lean down the catheter and push forward for only 1 mm in
order to insert the catheter. Insert the outer sheath into the vein, while pulling
back the needle
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3.4 Blood Sample

Analysis

For evaluating cardiotoxicity using blood, cardiac troponin I can be
used. Blood samples should be obtained before killing the animal.
We obtain the blood from the portal vein or inferior vena cava.

1. Prepare syringes with 22 (23) G needle and tubes for centrifuge
and serum storage. To obtain plasma, heparin should be placed
in the centrifuge tube.

2. After the imaging is finished, keep the animals anesthetized.

3. Cut the abdominal skin and open abdomen.

4. Dislocate abdominal organs including intestines and lower liver
to reveal the portal vein.

5. Insert a needle into the portal vein or inferior vena cava and
withdraw 1–2 mL of blood (Fig. 3).

ECG lead

(A) (B)
Mask for
anesthesia 

Echo Transducer

PBS soaked 
Gauze

Strings

Forceps

LVDd LVDs

M mode

B mode

ECG

Fig. 2 Overview of echocardiography. (A) Acquire the echo images. Set the
anesthetized animal in supine position and fix on a board. Limbs are pulled
with strings to obtain good echo view. Then, the limbs are wrapped with
PBS-Soaked gauze and the metal clips (forceps) are attached to the gauze.
Attach ECG lead to the metal clips (forceps). To obtain echo images, apply the
probe on the chest and use B mode to obtain parasternal view (long-axis/
short-axis), subxiphoid view and apical view. (B) Parasternal view (long-axis).
On the parasternal view (long-axis), obtain two dimensional images (B Mode)
(upper image). Then set the cursor below of the mitral valve level. Following
the cursor, M mode images are obtained (lower image). On the M mode, left
ventricular parameters are measured to evaluate LV function. Set the cursor
on the edge of LV walls and measure left ventricular diastolic diameter (LVDd)
and left ventricular systolic diameter (LVDs). And left ventricular end diastolic
volume (LVEDV), left ventricular end systolic volume (LVESV), stroke volume
(SV), and LVEF are measured as below, following Teicholz method [55].
LVEDV ¼ 7� LVDd3/(2.4 + LVDd). LVEDV ¼ 7� LVDs3/(2.4 + LVDs).
SV ¼ LVEDV � LVESV. EF ¼ SV/LVEDV � 100 (%)
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6. Transfer the blood to the tubes. For plasma, invert the tubes
several times to mix the blood and heparin.

7. Approximately 30 min later in room temperature, centrifuge
the tubes 1000–2000 � g at 4 �C for 10 min.

8. Retrieve serum and plasma using pipet and place them in new
tubes for storage.

9. Unless serum/plasma is not used immediately, store in�80 �C.

10. Using the ELISA kits and a plate reader, measure high-sensitive
troponin I in the collected samples (see Note 7).

3.5 Histopatho-

logical Analysis

Histopathology is a sensitive method to detect cardiotoxicity from
cancer drugs.

1. Cut organs and put them in each tube, separately (seeNote 8).

2. Soak each sample in 4% PFA (1–2 mL) overnight.

3. Wash samples with PBS and store at 4 �C up to 6 months.

4. Embed samples in Paraffin for staining. For immunofluores-
cence staining, samples are embedded in optimal cutting tem-
perature (O.C.T.) compound and soaked into liquid nitrogen
to freeze. After Paraffin (room temperature) or O.C.T. (frozen)
embedding, sample are sectioned into 5 μm slices. Stain the
slides for evaluation (see Note 9).

4 Notes

1. In this protocol, male rats are used. Female animals are also
used in other protocols [6, 21, 22, 43].

Portal vein

Inferior Vena Cava

Abdominal Aorta

Liver

Splenic vein

Fig. 3 A scheme of veins and arteries. To obtain blood, portal vein or inferior
vena cava is easy to access on an anesthetized animal. This scheme shows
frequent variation of portal vein and inferior vena cava
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2. The frequency of transducer should be set high (7.5–30 MHz)
to assess the wall motion.

3. In our protocol, animals either receive single (5–10 mg/kg
DOX) or multiple (2.5 mg/kg Dox every other day for 2, 3
or 4 injections) injections. Two groups also receive single dose
of 10 mg/kg trastuzumab (Trz) in Dox multiple injection
model. Single injection model and Dox with Trz model
showed significant decrease in LVEF and myocardial damage
in histology. Multiple Dox injection model showed no signifi-
cant changes in LVEF, although it showed mitochondrial
structural changes in histology. Serum troponin level did not
change [5].

4. In IV catheters, there usually is a gap between the needle and
the catheter (Fig. 1c). Confirmation of blood back flow helps
to insert the catheter correctly. Drug leak into the interstitial
space associated with inappropriate catheter placement will
result in insufficient dose reaching to the heart. In addition, it
can cause focal damage.

5. During the anesthesia for cardiac imaging, ECG changes (espe-
cially heart rate) should be monitored to avoid excessive anes-
thesia (approximate normal heart rate, mouse: 480–740/min,
rat: 260–450/min, rabbit: 150–200/min). The respiratory
rate will also help determining the depth of anesthesia (approx-
imate normal respiratory rate, mouse: 180/min, rat: 90/min,
rabbit: 30–60/min).

6. Echocardiography is performed before each injection and at
the endpoint. Bidimensional (2D) and M-mode are used for
assessing wall motion (damage). To evaluate function, LVEF is
measured using Teichholz method in parasternal view (long-
axis/short-axis). Because myocardial damage from cancer
drugs cause diffuse hypokinesis, Teichholz method [55] is
frequently used over other calculation methods, such as mod-
ified Simpsonmethod, which measures focal impairments more
accurately. Although it depends on size of the animals and spec
of the echocardiography, Doppler and strain (Speckle tracking)
can also be analyzed using high spec echocardiography and
dedicated software.

7. Although cutoff points for Troponin I measurements in animal
models are not clearly defined in literature; circulating
troponin I level over 0.08 ng/mL [56, 57] (another study-
used over 0.03 ng/mL [58]) is commonly used as a cutoff
limit for normal in clinical studies. Presence of cardiotoxicity
is evaluated using this troponin I cutoff value. The protocols
for ELISA assay should be followed the manufactures’
protocols.
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8. We divide heart into four pieces, followed by short axis section-
ing. To fix in 4% PFA, tissue size should be small, such as
<1 cm.

9. To evaluate histopathology, grading method are used in HE
staining [59, 60] (from inflammation, cardiomyocyte degener-
ation, apoptosis and necrosis, etc.), or electron microscopic
(EM) analysis (inflammation, mitochondria changes, vacuoles,
etc.) [60–62]. Picro-Sirius staining is used to detect fibrosis. To
detect myocardial hypertrophy, wheat germ agglutinin (WGA)
staining is used.
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Chapter 18

Pulmonary Artery Hypertension Model in Rats
by Monocrotaline Administration

Carlos Bueno-Beti, Yassine Sassi, Roger J. Hajjar, and Lahouaria Hadri

Abstract

Pulmonary arterial hypertension (PAH) is a syndrome characterized by pulmonary vascular remodeling and
vasoconstriction, leading to increased pulmonary vascular resistance, right ventricular pressure overload
and, eventually, to right ventricular failure and premature death. Animal models have been an essential tool
for understanding pulmonary hypertension pathophysiology and for the discovery and development of
novel therapies.
MCT-induced PAH in rats leads to a significant increase in RV pressure and pulmonary vascular

remodeling, as well as greater RV hypertrophy. In this chapter, we describe protocols for inducing and
assessing the monocrotaline (MCT) rat model, the most classical and widely used in vivo model of PAH.
Using this protocol, rats reproducibly develop pulmonary hypertension with a mean pulmonary pressure of
~40 mmHg approximately 4 weeks after single MCT administration.

Key words Pulmonary artery hypertension, Monocrotaline, Experimental model, Right ventricle
hypertrophy, Right ventricle failure, Pulmonary vascular remodeling

1 Introduction

Pulmonary arterial hypertension (PAH) is characterized by various
degrees of pulmonary arterial vessel remodeling leading to
increased mean pulmonary artery pressure and pulmonary vascular
resistance, right ventricular (RV) afterload and hypertrophy, and
eventually to RV failure. Elucidating the pathobiology of PAH
continues to be critical to design new effective therapeutic strate-
gies, and appropriate animal models of PAH are necessary to
achieve the task.

Monocrotaline (MCT)-induced PAH rat model has helped the
scientific community to gain insight into the vascular remodeling
process and its pathophysiology [1]. The advantages of MCT
model are its technical simplicity, reproducibility, and relatively
low cost.
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MCT is a pyrrolizidine alkaloid derived from the plant Crota-
laria spectabilis used to induce PAH in rats with a single subcuta-
neous injection. The MCT alkaloid is activated to the reactive
pyrrole metabolite dehydromonocrotaline (MCTP) in the liver, a
reaction that is highly dependent on cytochrome P-450
[2, 3]. When administered to rats, MCT recapitulates many features
of human PAH, including induction of endothelial cell apoptosis
within 4-days post-injection [4]. MCT causes endothelial cell dam-
age by mechanisms that include disruption of intracellular mem-
brane trafficking [5], disruption of endothelial nitric synthase and
deregulation of nitric oxide signaling, leading to lung vascular
changes [6], dysregulation of bone morphogenetic protein recep-
tor II (BMPR II) and downstream Smad signaling [7], as well as
oxidative stress response and apoptosis [8]. MCT also leads to
pulmonary arterial medial hypertrophy and obstructive pulmonary
vascular remodeling characterized by narrowing/obliteration of
the vascular lumen due to the proliferation of pulmonary arterial
smooth muscle cells (PASMCs), and resistance of PASMCs to
apoptosis [9, 10]. It is also notable that the development of pul-
monary hypertension occurs with delayed kinetics following a sin-
gle exposure to MCT: PAH typically occurs 3–4 weeks after MCT
challenge, yet MCTandMCTP are metabolized rapidly and cleared
from the circulation [11]. The phenotype may result from delayed
effects of endothelial injury versus persistent effects of MCT that
has accumulated in erythrocytes, where it conserves its capability to
interact with lung tissue.

Here we present detailed protocols for inducing PAH in rats by
a single injection of MCT and functional and histological charac-
terization of established PAH in this model.

2 Materials

2.1 Animals 1. 200–250 g male Sprague-Dawley Rats.

2. Rodent chow.

3. Rodent cages.

4. Rodent bedding.

2.2 PH Induction 1. Sterile 1-mL syringes.

2. 25G x 5/800 needles.

3. Monocrotaline (MCT) (Sigma-Aldrich).

4. 1N HCl solution.

5. pH meter.

6. 10N NaOH solution.
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7. Dulbecco’s phosphate buffered saline (DPBS, pH 7.4), sterile-
filtered.

8. Analytical balance.

2.3 Functional PH

Characterization

1. Plexiglass induction chamber with lid.

2. Ventilator system and O2 tank.

3. Isoflurane.

4. Heating pad.

5. Adhesive tape.

6. Dual goose-neck fiber-optic illuminator.

7. 16 G catheter.

8. Surgical silk.

9. Cotton swabs.

10. 25 G � 5/800 needles.

11. Gauze pads (200 � 200).

12. Surgical tools: small vessel cauterizer, Mayo scissors, blunt-
nosed thumb forceps, Jansen retractor.

13. Pressure–volume control unit.

14. PV data acquisition and analysis software.

15. Rat 1.9F pressure–volume catheter.

2.4 Histological PH

Characterization

1. 50% O.C.T.: O.C.T. compound, PBS (1:1).

2. Disposable embedding molds.

3. Dry ice.

4. Cryostat.

5. Glass microscope slides.

6. Hematoxylin.

7. Eosin.

8. Ethanol.

9. Xylene.

10. Goat serum.

11. Primary antibodies.

12. Secondary antibody–fluorochrome conjugates.

13. 4,6-diamidino-2-phenylindole, dihydrochloride (DAPI).

14. Mounting medium.

15. Coverslips.

16. Bright light and confocal microscope.
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3 Methods

3.1 Animals 1. Let the animals to acclimate to the new environmental condi-
tions of 12-h light–dark cycle at 18–20 �C and 40–50% humid-
ity for a minimum of 24 h after reception from the commercial
supplier (see Note 1).

2. Randomly assign the animals to the control group (Control) or
monocrotaline-treated group (MCT) and keep a record of their
weights weekly from the beginning of the treatment.

3.2 PAH Induction 1. Calculate the amount of MCT for injecting the animals at
60 mg/Kg. Completely dissolve MCT salt in 1–3 mL 1N
HCl. Adjust pH to 7.4 with NaOH 10N. Add filtered-sterile
PBS to prepare 20 mg/mL MCT solution (see Note 2).

2. Inject the rats subcutaneously with MCT (60 mg/kg) in the
ventral thorax (Fig. 1; see Note 3).

3. Maintain the animals at 12-h light–dark cycle at 18–20 �C and
40–50% for 4 weeks and weigh them once a week to assess
disease development (see Note 4).

3.3 Functional PH

Characterization

1. Place the tip of the 1.9F PV catheter in saline solution for
30 min. Turn on the pressure–volume control unit and run
the data acquisition software.

2. Preanesthetize the animals with 3–4% isoflurane mix with oxy-
gen (0.5 L/min) in a Plexiglass induction chamber with a lid.

3. Prepare the animal for the surgical procedure by shaving the
chest and neck with a hair clipper. Keep the animal on a heating
pad all the time.

4. Place the animal on a platform with the neck next to one of the
edges. Place the animal’s head and neck straight by attaching a
suture thread to its upper incisors and fix it to the platform with
a tape. Secure the animal to the platform with tapes in the
supine position. Then clean the surgical sites with alcohol.

Weeks

PAH
Hemodynamics

Vascular remodeling

1 2 3 4

MCT Subcutaneous
injection

(60 mg/kg)

0

Fig. 1 Pulmonary arterial hypertension development. Experimental design for PAH development and
characterization
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5. Make a 2 cm incision in the midline neck region and visualize
the trachea by blunt dissection. Place a surgical silk underneath
the trachea and make a small incision cranial to the suture
(Fig. 2a).

6. Insert the 16G catheter into the trachea and use the surgical
silk to secure the cannula during the procedure (see Note 5).

7. Set the ventilator system to a respiration rate of 73 cycles per
minute and a tidal volume of 1.84 mL and connect the ventila-
tor system to the cannula through a modified Y-shape connec-
tor. Maintain the rat on a mixture of 100% oxygen with 2%
isoflurane throughout the procedure.

8. Calibrate the PV catheter with saline solution at body temper-
ature (see Note 6).

9. For the open-chest approach, make an incision above the
xiphoid process throughout the sternum and separate the skin
from the underlying tissue (Fig. 2b).

10. Cut across the sternum (sternotomy) and completely expose
the chest cavity. Place the Jansen retractor to keep the chest
open (Fig. 2c; see Note 7).

11. With a 25G� 5/800, stab the RV in the apex area and insert the
1.9F PV catheter through the hole until the most proximal
electrode in the PV catheter is completely surrounded by car-
diac tissue (see Note 8).

12. For mean pulmonary arterial pressure (mPAP) measurement
move the inserted PV catheter in the RV upward to the Pul-
monary Artery (PA) until the pressure waveform changes. Let
the catheter to stabilize in the new position for 3 min, stop the
ventilator system and start recording pulmonary artery dia-
stolic and systolic pressures (PADP and PASP respectively)
(see Note 9).

13. Record 3–6 values for each of the parameters (RVSP, PADP,
and PASP) per rat using data acquisition software (Fig. 3b, c).

Fig. 2 Surgical procedure. Open chest procedure images. (a) Tracheal cannulation. Rats are intubated with
16G cannula and connected to a mechanical ventilator. (b) Thorax incision. A longitudinal incision is performed
to expose the rib cage. (c) Sternotomy and retractor positioning. Open chest approach is achieved by medial
sternotomy. A retractor is used to keep the chest open
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3.4 Histological PH

Characterization

1. Remove the right atria and perfuse the animal with 10 mL of
PBS from the left ventricle to remove blood for the systemic
circulation; then, remove the left atria and perfuse 10 mL of
PBS from the RV to remove remaining blood out from the
lungs.

2. Remove the lungs and the heart from the animal’s body and
dissect the RV from the LV and the septum. Record both
weights and calculate the Fulton Index, a measure of heart
hypertrophy, as RV/LV þ Septum (Fig. 3a).

3. Insufflate the lungs with 50% O.C.T. (see Note 10).

4. Prefill disposable embedding molds with O.C.T. and snap-
freeze it on dry ice. Keep the samples at �80 �C.

5. Prepare 8–10 μm sections with a cryostat and mount them on
poly-L-lysine-treated slides (see Note 11).

6. Fix the slides with 4% PFA for 10 min.

7. Stain lung sections with Hematoxylin and Eosin for morpho-
metric analysis and assessment of medial thickness (Fig. 4a)

8. For Immunohistochemistry, after fixing the sections, block
them in 10% goat serum in DAKO antibody diluent solution
for 1 h.

9. Wash the sections twice with PBS for 5 min.

10. Prepare the desired primary antibody mix in 1.5% goat serum
in DAKO antibody diluent solution and incubate the sections
overnight at 4 �C.

11. Wash the sections twice with PBS for 5 min.

12. Add secondary antibody–fluorochrome conjugates in 1.5%
goat serum in DAKO antibody diluent solution and incubate
for 1 h at 37 �C.
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Fig. 3 Functional PAH characterization. Fulton Index (a), right ventricle systolic pressure (RVSP) (b) and mean
pulmonary artery pressure (mPAP) (c) were measured in saline injected (Control) and MCT-treated animals
after 4 weeks of MCT administration. **P < 0.01 and ***P < 0.001 versus Control by Student’s t-Test; n ¼ 5
per group. MCT ¼ Monocrotaline
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13. Wash the sections twice with PBS for 5 min.

14. Counterstain the sections with DAPI solution

15. Rinse the sections once with PBS.

16. Mount the slides with mounting media and coverslips.

17. Take images of the mounted slides with a confocal microscope
(Fig. 4b).

4 Notes

1. Animal treatments and surgical procedures were approved by
the Icahn School of Medicine at Mount Sinai Institutional
Animal Care and Use Committee and performed in accordance
with the National Institutes of Health Guide for the Care and
Use of Laboratory Animals.

Fig. 4 Histological characterization of the PAH. (a) Hematoxylin and eosin staining. Hematoxylin and Eosin
staining was performed in lung sections to determine blood vessel medial thickness. An increase in the medial
thickness is observed in small arteries of monocrotaline-treated rats (MCT group) when compared to
non-treated animals (Sham group). (b) Immunohistochemistry. Lung sections were incubated with
α-smooth muscle actin (α-SMA; green) antibody and counterstained with 40,6-diamidino-2-phenylindole,
dihydrochloride (DAPI; blue). Immunostaining revealed that blood vessel thickening in the MCT group is due to
neointima formation, mainly composed of smooth muscle cells
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2. Complete dissolution of MCT salt is critical for proper PAH
induction and cytotoxicity reduction. Make sure that MCT is
fully dissolved in HCl 1N and that no precipitate is formed
during pH adjustment or PBS dilution.

3. For rats weighing 250–300 g, 1 mL of 20 mg/mL MCT
solution per animal is injected. To avoid lesions due to MCT
injection site cytotoxicity we strongly recommend administer-
ing MCT solution in at least three different areas.

4. During disease induction, check on animals daily for signals of
distress like piloerection and difficulty in breathing. Body
weight loss is a disease development indicator, as animals trea-
ted with MCT usually start losing weight 3 weeks after MCT
administration.

5. To provide the correct amount of anesthetic and maintain the
animal’s normal breathing a proper intubation is required.
Insufflate air to the lungs and check for an increase in the
chest volume. If the cannula is not well positioned, and no
increase in chest volume is observed, repeat the intubation
procedure again. Instead, rats can be intubated without tra-
cheal incision by orally inserting the 16G catheter.

6. Hold the tip of the PV catheter just under the surface of the
saline solution for zero value. For higher pressure values
immerse the catheter in the saline solution, the pressure should
increase 0.75 mmHg per depth centimeter.

7. A sternotomy is an invasive procedure that can cause a signifi-
cant amount of bleeding. Sternotomy must be performed
throughout medial sternum preventing the disruption of
blood vessels. If any vessel is damaged during the sternotomy,
bleeding can be stopped by cauterizing the area. Note that any
important blood loss may interfere with the hemodynamic
parameters intended to be measured in this protocol for PH
characterization.

8. Proper PV catheter positioning and stabilization is critical for
acquiring good quality pressure data. After inserting the PV
catheter, let it stabilize for 5 min. If the signal is distorted,
replace the PV catheter to a more central position in the RV
until the signal is stable. Stop the ventilator system for a few
seconds during data recording.

9. Alternatively, if PA catheterization cannot be achieved through
the apical stab wound, another stab can be performed in the
central area of the RV, closer to the PA. mPAP is calculated
from the following equation: 2/3 PADP þ 1/3 PASP. Values
of mPAP higher than 25 mmHg at rest are the clinical defini-
tion of PH.
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10. Perfusion with 50% O.C.T. in PBS is required to preserve the
morphology and structure of the lungs for histological studies.
Distribute 50% O.C.T. in PBS solution through all tissue
evenly by using 1-mL syringes and 27G needles. You should
observe an increase in the volume of the lungs.

11. After cutting the sections, let them dry for 30 min at room
temperature. Then, cut sections can be stored at �80 �C for
several months.
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Chapter 19

The Sugen 5416/Hypoxia Mouse Model of Pulmonary
Arterial Hypertension

Carlos Bueno-Beti, Lahouaria Hadri, Roger J. Hajjar, and Yassine Sassi

Abstract

Pulmonary hypertension is a rapidly progressive, life-threatening, and often fatal disease. Despite many new
developments in pulmonary arterial hypertension (PAH) therapy, there is currently no cure for PAH, and
new therapies are desperately needed. PAH pathobiology involves a remodeling process in pulmonary
arteries that plays a critical role in elevating pulmonary arterial and right ventricle pressures. The discovery
and development of new therapies requires animal models of PAH that mimic the human disease, including
vascular remodeling.
Here we review and describe a detailed protocol for creating an in vivo model of Sugen/Hypoxia-

induced PAH in mice that is commonly used to assess the efficiency of new therapies in PAH. Severe
pulmonary hypertension can be established in 1month using this protocol. Additional protocols to evaluate
the model by invasive pressure measurements and histology are provided.

Key words Sugen 5416, Hypoxia, Pulmonary arterial hypertension model, Pulmonary vascular
remodeling, Right ventricular hypertrophy

1 Introduction

Pulmonary arterial hypertension (PAH) is defined by the hemody-
namic criteria of resting mean pulmonary artery pressure greater
than 25 mmHg as assessed by right heart catheterization [1]. PAH
is a cardiopulmonary disorder characterized by progressive vascular
remodeling of the distal pulmonary arteries which results in ele-
vated pulmonary arterial pressure, leading to right ventricle
(RV) overload and ultimately death due to RV failure [2–4]. Vascu-
lar remodeling in PAH is the result of endothelial dysfunction,
pathological proliferation and migration of smooth muscle cells,
inflammation, and thrombosis [5–8].

Current therapies that target pathways involved in PAH disease
pathogenesis improved quality of life and clinical outcomes in
patients with PAH [7]; however, currently there is no cure for
PAH. New therapeutic approaches that reverse pulmonary vascular
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remodeling during pulmonary hypertension (PH) are being
actively explored.

To investigate the efficiency of new treatments in PAH, pre-
clinical models that recapitulate key pathophysiological features of
the human disease are required. Characteristic features of the remo-
deled vasculature in patients with pulmonary hypertension include
neointima hyperplasia, small pulmonary arterial medial and adven-
titial thickening, complex plexiform lesion formation, and capillary
occlusion [9–11].

In contrast to the human disease, rodent models of PAH, such
as monocrotaline (MCT) treatment in rats, lack remodeling pro-
cesses and plexiform lesions relevant to the pathogenesis of human
PAH [12–14]. A new murine model of PAH described in this
protocol, although it does not completely replicate severe human
PAH, displays many of the hallmarks of the human disease
[15–17]. Combination of Sugen 5416 (SU5416, a vascular endo-
thelial growth factor inhibitor) and exposure to chronic hypoxia has
been proven to cause severe PAH with angio-obliterative lesions
that are comparable to the plexiform lesions of PAH patients
[18, 19].

Here we describe the method for inducing PAH in mice by
combining chronic hypoxia and weekly Sugen 5416 injection, fol-
lowed by measurement of hemodynamic parameters and histologi-
cal PAH characterization. Severe pulmonary hypertension can be
established in 1 month using this protocol.

2 Materials

2.1 Animals 1. Male C57BL/6 mice.

2. Rodent chow.

3. Water bottles.

4. Rodent cages.

5. Rodent bedding.

2.2 PH Induction 1. Semisealable hypoxia chamber (BioSpherix).

2. N2 tank.

3. Oxygen controller ProOx 360 (BioSpherix).

4. Analytical balance.

5. Sugen 5416 (Cayman Chemical).

6. Dimethyl sulfoxide (DMSO).

7. Phosphate Buffered Saline (PBS).

8. Sterile 1-mL syringes.

9. 25G � 5/800 needles.
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2.3 Functional PH

Characterization

1. Anesthesia jar with lid.

2. Isoflurane.

3. Heating pad.

4. Adhesive tape.

5. Sterile suture packs.

6. 22G polyethylene catheter.

7. Mechanical ventilator/respirator system and O2 tank.

8. Cotton swabs.

9. 25G � 5/800 needles.

10. Surgical tools: small vessel cauterizer, blunt scissors, blunt-
nosed thumb forceps, elastic hook retractors.

11. Pressure–volume (PV) control unit.

12. PV data acquisition and analysis software.

13. Mouse 1.2F PV catheter.

2.4 Histological PAH

Characterization

1. 50% O.C.T./PBS: O.C.T. compound, PBS.

2. Disposable embedding molds.

3. Dry ice.

4. Cryostat.

5. Glass microscope slides, poly-L-lysine treated.

6. 4% paraformaldehyde (PFA) solution.

7. Hematoxylin.

8. Eosin.

9. Goat serum.

10. Primary antibodies.

11. Secondary antibody–fluorochrome conjugates.

12. 4,6-diamidino-2-phenylindole, dihydrochloride (DAPI).

13. Mounting medium.

14. Coverslips.

15. Bright light and confocal microscope.

3 Methods

3.1 Animals 1. Upon reception, house the animals socially (groups of five
animals per cage) in ventilated rodent cages provided with
appropriate bedding, rodent chow and water (see Note 1).
Let them acclimate to the new environment (12-h light/dark
cycle at 18–20 �C and 40–50% humidity) for at least 3 days.
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2. Weigh the animals and, randomly assign them to each treat-
ment group: Normoxia (Nox), hypoxia (Hy) or hyp-
oxia + Sugen 5416 (SU) (HySU). Monitor the body weight,
food and water consumption every other day.

3.2 PH Induction 1. Weigh the animals and prepare the SU for injection. Dissolve
crystalline SU in DMSO to a concentration of 20 mg/mL.
Then, dilute SU solution with PBS 1:3 (DMSO:PBS). Adjust
pH to 7.2 (see Note 2).

2. Using 1-mL syringe with a 25G � 5/800 needles, inject HySU
animals with SU at 20 mg/Kg subcutaneously in the abdomi-
nal area once a week during three consecutive weeks. Inject
Nox and Hy animals with vehicle alone (Fig. 1).

3. Set the semisealable hypoxia chamber, the oxygen controller
ProOx 360 and the N2 tank as indicated in Fig. 2a and b.
Establish a set-point of 10% O2 in the ProOx 360 and let the
system to reach the steady state (see Note 3).

4. Keep animals from Hy and HySU groups in normobaric hyp-
oxia (10% O2) for 3 weeks. After 3 weeks in hypoxia, place Hy
and HySU animals under normoxic (21% O2) conditions for
one more week (see Note 4). The chambers can be opened
every 3 days for 30 min to clean the cages and replenish food
and water supplies.

5. Maintain normoxia animals in a semisealable chamber in 21%
O2 for 4 weeks.

6. During the hypoxia exposure time, inspect the animals daily
looking for distress signals such as piloerection, loss of weight,
and difficulty in breathing (see Note 5). Euthanasia should be
performed if the animal is unable to eat or ambulate without
significant and prompt improvement and without ability to
correct the distress.

Fig. 1 Experimental design. Schematic representation of the treatment and
oxygen level exposure for all animal groups during PH induction. Nox
Normoxia, Hy Hypoxia, HySU Hypoxia + Sugen 5416, SU Sugen 5416
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3.3 Functional PH

Characterization

1. Record weight and health status of each mouse prior to
preanesthesia.

2. Preanesthetize mouse with 3–4% isoflurane in an anesthesia jar
(0.20 mL of Isoflurane in 1 L jar). Verify appropriate anesthesia
by applying noxious stimulus (i.e., tail pinch). Shave the ani-
mal’s chest and neck with a hair clipper.

3. Situate mouse’s neck up straight by attaching suture thread to
the mouse’s upper incisors and fix it to the heating pad. Secure
the animal in supine position with the upper and lower extre-
mities attached to the heating pad with tapes.

4. Clean surgical sites (neck and thorax) with alcohol.

5. With the mouse head pointing the operator, make an incision
of 1 cm in the medial cervical skin. Separate the thyroid gland
lobes and expose the trachea.

6. Carefully, pull out the tongue with atraumatic forceps and
move it upwards. Transorally, intubate the animal with a
22-gauge polyethylene catheter. Through the neck incision,
check that the catheter is properly placed inside the trachea
(see Note 6).

7. Connect the catheter to a mechanical ventilator through a
modified Y-shape connector and maintain the mouse on 2%
isoflurane through all the surgical procedure. Ventilate with
tidal volume of 0.12 mL, with 148 ventilation cycles per
minute.

8. Before starting the surgery place the tip of the 1.2F PV catheter
in PBS for 30 min. Turn on the pressure–volume control unit
and initiate data acquisition software.

Fig. 2 Experimental setting for PH induction. (a) Schematic representation of the hypoxia system. Device
display as indicated by BioSpherix Research Tools company. ProOx P360 detects variations in O2 concentration
and corrects them by infusing control gas through the gas infusion tube. (b) Picture of the BioSpherix system.
The system installed in our laboratory is able to accommodate up to six cages per hypoxia chamber at once
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9. Calibrate the catheter with PBS at body temperature (see
Note 7).

10. Make skin incision in the lower thorax area. Separate the skin
from the chest wall and open the abdominal wall next to the
sternal manubrium (see Note 8). Use elastic hook retractors to
hold the rib cage in place.

11. Cut the diaphragm and expose the heart. Clean the area with
cotton swabs and open the pericardium.

12. Stab apically the right ventricle (RV) with a 25G� 5/800 needle
attached to a cotton swab. Remove the needle from the RVand
insert the 1.2F PV catheter with the help of blunt-nosed
thumb forceps through the stab hole towards the pulmonary
artery direction. Make sure that the distal electrode of the
catheter is fully surrounded by RV muscle (see Note 9).

13. Record all the data and take at least five values for the right
ventricle systolic pressure (RVSP) per mouse and average
(Fig. 3a). Carefully, remove the PV catheter from the RV and
place it in PBS solution (see Note 10).

14. Once the pressure is recorded, perfuse the animal with 5 mL of
PBS from the left ventricle (LV) to remove blood from the
systemic circulation (see Note 11).

15. Isolate the heart and remove both atria. Carefully, dissect out
the RV from the LV and the septum and weigh them. Right
ventricular hypertrophy is assessed using the Fulton Index
(calculated as RV weight/LV+Septum weight; Fig. 3b). As
shown in Fig. 3, VEGFR inhibition exacerbates chronic
hypoxia-induced RV pressure and hypertrophy.
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Fig. 3 Functional PH characterization. After 3 weeks of exposure to chronic
hypoxia or chronic hypoxia + Sugen 5416 followed by 1 week in normoxia, right
ventricular systolic pressure (a) and Fulton index (b) were determined and
compared to control animals exposed to normoxia for 4 weeks. *P < 0.05 and
**P < 0.01 versus Hy using one-way ANOVA and Bonferroni’s post hoc test;
n ¼ 5 per group. Nox Normoxia control group, Hy Hypoxia group, HySU
Hypoxia + Sugen 5416 group
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3.4 Histological PAH

Characterization

1. Isolate the lung from the rest of the organs and tissues.

2. Prepare a solution of 50% O.C.T./PBS and insufflate the lungs
(see Note 12).

3. Place the lung on disposable embedding molds prefilled with
O.C.T. and snap-freeze it on dry ice. Keep the samples at
�80 �C after they are frozen.

4. Cut the lungs in 8 μm sections with a cryostat (see Note 13)
and mount on poly-L-lysine-treated slides. Air-dry the sections
at room temperature for 30 min.

5. Fix the slides with 4% PFA for 10 min.

6. For morphometric analysis and assessment of medial thickness
of the lungs, perform hematoxylin and eosin staining (Fig. 4).

7. For Immunohistochemistry, after fixing the sections block
them in 10% goat serum in Dako solution for 1 h. The alpha-
smooth muscle actin (α-SMA) antibody can be for example
used for confirming the medial hypertrophy.

8. Rinse the sections three times in PBS for 5 min each.

9. Dilute the primary antibody in 1.5% goat serum in Dako
solution and incubate the sections in a humid chamber over-
night at 4 �C.

10. Rinse the sections three times in PBS for 5 min each.

11. Add the secondary antibody–fluorochrome conjugates in 1%
goat serum in Dako solution and incubate for 45–60 min in a
humid chamber at 37 �C.

12. Rinse the sections three times in PBS for 5 min each.

13. Incubate the sections with DAPI solution for 5 min.

14. Rinse the sections once in PBS.

Fig. 4 Histological PH characterization. Representative lung sections stained with Hematoxylin/eosin of the
indicated treatment group. Lung sections were stained for morphometric analysis and assessment of medial
thickness. Scale bar: 50 μm
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15. Mount the slides with a drop of mounting media. Seal coverslip
with nail polish.

16. Observe the mounted slides with a confocal microscope.

17. For long-term storage, store slides in dark at 4 �C.

4 Notes

1. Male C57BL/6 mice (8–10 weeks old) were purchased from
Charles River Laboratories, a commercial supplier licensed by
the US Department of Agriculture. All the protocols using
animals were performed in accordance with the National Insti-
tutes of Health Guide for the Care and Use of Laboratory
Animals and approved by the Icahn School of Medicine at
Mount Sinai Institutional Animal Care and Use Committee.

2. SU is provided as crystalline solid which does not dissolve in
aqueous solutions. However, organic solvents like 100 %
DMSO allow a complete dissolution of SU in small-volume
compared to carboxymethylcellulose.

3. Oxygen controller ProOx P360 detects variations in O2 con-
centration inside the semisealable hypoxia chamber and cor-
rects it by infusing oxygen-rich or oxygen-poor control gas
(N2) through the gas infusion tube. Chamber ventilation is
controlled passively by a fan that keeps the air flowing and by
open holes in the sides of the chamber that allow stale air to be
replaced. Pressures inside and outside the chamber stay the
same (normobaric conditions). N2 consumption will depend
on the O2 set-point and the hypoxia chamber size.

4. To induce moderate to severe PH (HySU group), mice are
injected with SU (20 mg/kg) subcutaneously once-weekly
and exposed to chronic normobaric hypoxia (10% O2) for
3 weeks followed by one week in normoxia condition (21%
O2). Mild-to-moderate PH (Hy group) is induced by keeping
the animals in chronic normobaric hypoxia for 3 weeks fol-
lowed by 1 week in normoxia.

5. Decrease in body weight will be observed from the first
week for the animals subjected to hypoxia. A 10% weight
reduction in these animals is a reliable indication of disease
development.

6. Manually insufflate air to the lungs through the catheter and
double check that the intubation procedure has been per-
formed properly. You should observe an increase in chest
volume.

7. Use a 15-mL tube filled with PBS at 37 �C. For zero, hold the
catheter a few millimeters under the surface of the PBS. Then,
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submerge the catheter to a given depth and check the pressure;
the output should be 0.75 mmHg for each centimeter of water
depth it is submerged.

8. It is extremely important to avoid bleeding during the surgical
procedure as significant blood loss could affect the hemody-
namic parameter measurements. If blood vessels are damaged
during the surgical procedure, use a small vessel cauterizer to
stop bleeding.

9. This step is critical and all electrodes of the 1.2F PV catheter
have to be immersed in the RV’s cavity. Allow PV catheter to
stabilize within the RV for 5 min before starting recording
pressure data. If the PV catheter is not properly positioned
the signal may be distorted. Adjust PV catheter position to a
more central position within the RVand check that the signal is
now stable. Best data recording is achieved when the ventilator
is turned off a few seconds prior to and during the data
recording.

10. For proper care of the PV catheter, place it in a 15-mL tube
containing PBS. Clean and disinfect it at the end of
experiments.

11. For a better exposure of the heart, make two lateral cuts
through the rib cage up to the collarbone and lift the sternum
away. Make an incision in the right atrium to allow the blood to
leave the circulation.

12. For proper preservation of lung physiological structures it is
required to insufflate themwith 50%O.C.T. in PBS previous to
snap-freezing. If all the lungs are intended for histological
studies, lung insufflation can be performed through the tra-
chea. Otherwise, lungs can be insufflated with 50% O.C.T. by
using 1-mL syringes and 27G needles.

13. Set the cryostat temperature at �20 �C. Before starting the
sectioning, let the O.C.T. block with the lung samples to
temper. If the block is too cold, the specimen will curl, if it is
too warm, it will stick to the knife. Unfixed slides can be stored
at �80 �C for several months.
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Animal models of pulmonary arterial hyperten-
sion: the hope for etiological discovery and
pharmacological cure. Am J Phys Lung Cell
Mol Phys 297:L1013–L1032

14. Bauer NR, Moore TM, McMurtry IF (2007)
Rodent models of PAH: are we there yet? Am J
Phys Lung Cell Mol Phys 293:L580–L582

15. Taraseviciene-Stewart L, Kasahara Y, Alger L
et al (2001) Inhibition of the VEGF receptor
2 combined with chronic hypoxia causes cell
death-dependent pulmonary endothelial cell
proliferation and severe pulmonary hyperten-
sion. FASEB J 15:427–438

16. Abe K, Toba M, Alzoubi A et al (2010) For-
mation of plexiform lesions in experimental
severe pulmonary arterial hypertension. Circu-
lation 121:2747–2754

17. Ciuclan L, Bonneau O, Hussey M et al (2011)
A novel murine model of severe pulmonary
arterial hypertension. Am J Respir Crit Care
Med 184:1171–1182

18. Vitali SH, Hansmann G, Rose C et al (2014)
The Sugen 5416/hypoxia mouse model of pul-
monary hypertension revisited: long-term fol-
low-up. Pulm Circ 4:619–629

19. Sakao S, Tatsumi K (2011) The effects of anti-
angiogenic compound SU5416 in a rat model
of pulmonary arterial hypertension. Respira-
tion 81:253–261

252 Carlos Bueno-Beti et al.



Chapter 20

Mouse Model of Wire Injury-Induced Vascular Remodeling

Aya Nomura-Kitabayashi and Jason C. Kovacic

Abstract

We introduced the vascular remodeling mouse system induced by the wire injury to investigate the
molecular and cellular mechanisms of cardiovascular diseases. Using these models, we focus on the
adventitial cell population in the outermost layer of the adult vasculature as a vascular progenitor niche.
Firstly we used the standard wire injury approach, leaving the wire for 1 min in the artery and retracting the
wire by twisting out to expand the artery and denude the inner layer endothelial cells in the both peripheral
artery and femoral artery. This method leads to adventitial lineage cell accumulation on the medial–adven-
titial border, but no contribution into the hyperplastic neointima. Since advanced atherosclerotic plaques in
the mouse models and human clinical specimens show the elastic lamina in the media broken, we
hypothesized that adventitial lineage cells contribute to acute neointima formation induced by the mechan-
ical damage in both endothelial and medial layers. To make this intensive damage, next, we used the bigger
diameter wire with no hydrophilic coating and repeated the ten-times insertion and retraction of the wire
after leaving for 1 min in the femoral artery. The additional ten-times intensive movements of the wire lead
to breakdown and rupture of the elastic lamina together with a contribution of adventitial lineage cells to
the hyperplastic neointima. Here we describe these two different wire injury methods to induce different
types of vascular remodeling at the point of adventitial lineage cell contribution to the hyperplastic
neointima by targeting two separate locations of hind limb artery, the peripheral artery and femoral artery,
and using two different diameter wires.

Key words Mouse, Angioplasty, Femoral artery, Peripheral artery, Wire injury, Endothelial cell
denudation, Neointima hyperplasia, Adventitial lineage cells

1 Introduction

Neointima hyperplasia is known to form in the damaged vascula-
ture caused by vascular grafting (vein to arterial) [1, 2] and inter-
ventional catheter treatment of coronary and peripheral artery
atherosclerotic occlusions [3, 4]. To prevent postangioplasty reste-
nosis, neointima formation has been intensively investigated in
animal models including the mouse (Part 1, Re-Stenosis Models
After Angioplasty in the book [5]). More than a decade ago, Sata’s
group established the femoral artery wire injury mouse model to
produce neointima hyperplasia [6]. Many important advances have
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been made using this surgical technique combined with mouse
genetics in vascular remodeling research, including the role of
stem cells, inflammation, medial smooth muscle cell phenotypic
switching and extracellular matrix deposition [7–13]. Here we
present two arterial wire injury methods, which could be consid-
ered “gentle” and “intensive,” with the latter model notable for
allowing adventitial lineage cells to contribute to neointimal hyper-
plasia. Representative neointima hyperplasia with and without
adventitial lineage cell contribution induced by these methods is
demonstrated in Fig. 4. The protocols here are more detailed and
the modified version of original wire injury methods
[6, 14–16]. The modified parts are underlined in Notes. Wire
injury procedures take less than 30 min when all steps work
smoothly, and the survival rate of this surgery is high, more than
99% in our case. Neointima formation reaches the maximum at
3–4 weeks after artery wire injury and can be evaluated by the
standard histological staining [6, 14–16].

2 Materials

2.1 Anesthesia

Cocktail

Three hundred microliters of ketamine (100 mg/mL), 200 μL
xylazine (20 mg/mL), and 4 mL PBS.

2.2 Surgical Tools Dumont #5 Forceps �2 (Fig. 1a), Dumont #5/45 Forceps
�2 (Fig. 1b), Extra fine Graefe Forceps �1 (Fig. 1c), Extra Fine
Micro Dissecting Scissors �1 (Fig. 1d), Moria Spring Scissors �1
(Fig. 1e), Halsey Micro Needle Holder �2 (Fig. 1f), Micro Serre-
fine: Finescience #18055-02 �1 (Fig. 1g).

2.3 Suture Ethicon 6-0 (Fig. 1h) and 5-0 (Fig. 1i) silk black suture.

2.4 Wires 1. Abbot Confianza Pro Asahi Guide Wire, # 20629-01, tip
diameter 0.23 mm/0.009 in. (Fig. 1j), or similar.

2. Cook Fixed Core Wire Guide, #C-SF-15-15, tip diameter
0.38 mm/0.015 in. (Fig. 1k).

2.5 Others 1. Surgical microscope.

2. Gooseneck fiber-optic illuminator (see Note 1).

3. Heating mats (25 � 15 cm for surgery and 50 � 30 cm for the
recovery cage) (see Note 2).

4. Plastic disk/plate with approx. 12 cm diameter (see Note 3).

5. Surgical tape (see Note 4).

6. Xylocaine (lidocaine–HCl, 10 mg/mL) (infiltration and nerve
block), place in a 1 mL syringe.

7. PBS, place in 1 mL syringe and dishes.
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8. Surgical disinfectant and 70% ethanol.

9. Hair remover lotion.

10. Sterile cotton-tipped swabs.

11. Sterile gauze 200 x 200.

2.6 Harvesting

and Immunostaining

of Wire Injured Artery

1. Fixation solutions: 20 mL/mouse, 1.5% PFA, 0.1% glutaralde-
hyde in PBS.

2. 15% sucrose in PBS.

3. OCT compound.

4. Cryo-mold (15 � 15 � 5 mm).

Fig. 1 Surgical tools and wires for mouse artery wire injury. Surgical tools to set up the wire injury are shown.
(a) Dumont #5 Forceps, (b) Dumont #5/45 Forceps, (c) Extra fine Graefe Forceps, (d) Extra Fine Micro
Dissecting Scissors, (e) Moria Spring Scissors, (f) Halsey Micro Needle Holder, (g) Micro Serrefine, (h) Ethicon
6-0, Perma-Hand SILK, BLACK BRAIDED, (i) Ethicon 5-0, Perma-Hand SILK, BLACK BRAIDED, (j) Abbot
Confianza Pro Asahi Guide Wire, hydrophilic coated, # 20629-01, tip diameter 0.23 mm/0.009 in., (k) Cook
Fixed Core Wire Guide, #C-SF-15-15, tip diameter 0.38 mm/0.015 in
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5. Anti-SMA antibody (SIGMA, #113200, 100-dilution).

6. Anti-PECAM antibody (BD, #550274, 10-dilution).

7. DAPI mounting media.

8. Alexa Fluor 649 anti-mouse IgG2a (500-dilution).

9. Alexa Fluor 488 anti-rat IgG (500-dilution).

10. Confocal microscope.

3 Methods

All procedures of experiments and surgery undertaken here are
according to the regulation of Institutional Animal Care and Use
Committee (IACUC) and the Center for Comparative Medicine
and Surgery (CCMS) of the Icahn School of Medicine at Mount
Sinai and are approved by them. In all steps, make sure that open
tissue areas are intermittently moisturized with Xylocaine.

3.1 Peripheral Artery

Wire Injury

3.1.1 Preparation

of Surgical Tools

1. Cut the Abbot Confianza Pro Asahi Guide Wire, or a similar
one, into an 8 cm length from the tip by the wire cutter, and
soak the tip end into PBS in the 10 cm dish.

2. Soak sterilized surgical tools (see Note 5) and cut 6-0 silk
sutures (~1.5 cm, two strings per mouse) and a 5-0 silk suture
(~0.4 cm, one per mouse) into PBS in 10 or 6 cm plastic dishes.

3.1.2 Preparation

of Mouse for Surgery

1. Measure the mouse body weight on the scale.

2. Anesthetize a mouse by intraperitoneal (IP) injection of the
anesthesia cocktail in a 10 mL/body weight (kg) ratio, for
example, 250 μL per 25 g mouse. The pedal reflex of the
hind limb is checked to ensure an appropriate depth of anes-
thesia. All procedures will be completed within 30 min, before
the mouse begins to awaken. In the event that the mouse
begins to show any signs of waking prior to the end of the
procedure, a small bolus of the anesthetic cocktail should be
administered.

3. Remove the hair of the left leg from distal to proximal (heel to
thigh) with the hair remover and wipe with PBS wet paper
towel followed by 70% ethanol.

4. Place the mouse onto the plastic disk/plate in the supine
position and extend the left hind limb straight and slightly
abduct with surgical tapes (Fig. 2a) (see Notes 3, 4, and 6).
Put this onto a heating mat draped with an absorbent pad
during the surgery (see Note 2).

5. Place a folded Kimwipes under the leg to make the working
field. Wet the leg and the paper bed with PBS, and wipe the left
leg with the disinfectant and 70% ethanol.
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3.1.3 Isolation

of the Peripheral Artery

1. Under the microscope, the bifurcation of the medial and lateral
saphenous artery (SA) is clearly visible through the skin (blue
arrow, Fig. 2a, h) [17]. Make a skin incision ~7 mm long
longitudinally at approx. 5 mm distal position of the bifurca-
tion of the medial and lateral SA, and detach the skin from the
muscle around the exposed area for the last skin suturing.
Moisturize opened area with a few drops of Xylocaine.

2. Carefully separate the medial SA from the vein using #5/45
forceps.

3. Tie the separated medial SA at approx. 4 mm distal position of
the bifurcation with the edge of a presoaked 1.5 cm 6-0 silk
suture (yellow arrowhead, Fig. 2b, e), and pull the other
edge to keep gentle tension and tape it down over the leg (see
Note 7).

4. Place another presoaked 1.5 cm 6-0 suture under the proximal
artery (Fig. 2e), and put a 0.4 cm presoaked 5-0 suture on the
artery (Fig. 2f). Make a single bow tie with 6-0 string over the
5-0 string and artery together (Fig. 2g) for a temporary hemo-
stat (see Note 8).

5. Pinch the artery with the forceps between proximal and distal
sutures several times to make the artery swollen. This action
helps to introduce a wire into the artery.

6. Place a few drops of Xylocaine over the surgical field to keep the
artery moist through the procedure.

3.1.4 Creating Peripheral

Artery Wire Injury

1. Make a 45-degree angle cut on the medial SA (arteriotomy)
closer to the posterior tie (light blue arrowhead, Fig. 2g) using
the spring microscissors (Fig. 1e) (see Note 9).

2. Lift the artery’s cut flap with the #5/45 forceps, and put a
prewetted Abbot (or similar) wire into the hole (see Note 10)
by holding the wire gently from the top with another #5/45
forceps.

3. Once the wire is advanced into the artery 2–3 mm, release the
proximal single bow tie by pulling one string. Keep the wire
steady to avoid slipping out from the artery during these steps.
Remove the 5-0 short string and loosen the 6-0 suture over the
artery to let the wire advance further into the proximal artery
(see Note 11).

4. Place a few drops of Xylocaine solution to keep wire and the
artery moist. Use the Graefe forceps to guide the wire over the
skin by gently pushing the muscle to adjust the curved SA/FA
direction to help the wire insertion proximally about
1.4–2.0 cm (see Note 12).

5. Leave the wire in the artery for 1 min to expand and damage
the endothelial layer of the artery, and place a few drops of
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Xylocaine. If keeping a record of the wire insertion length,
measure it from the skin while waiting. Tie the preplaced 6-0
suture over the inserted wire proximal to the arteriotomy (light
blue arrowhead, Fig. 2b).

Fig. 2 Peripheral artery wire injury. (a) The bifurcation of the medial and lateral saphenous artery (SA) is clearly
visible through the skin, indicated by the blue arrow. (b) The wire insertion is made through the medial SA to
the proximal femoral artery (FA). Slight tension is applied by pulling the tied artery distally (yellow arrowhead),
which aids in inserting the wire deeply into the proximal artery beyond the bifurcation of the SA (blue arrow).
Temporally tie the preplaced 6-0 suture over the inserted wire proximal to the arteriotomy (light blue
arrowhead). Panel (c) shows the swollen FA and SA after the wire is removed and no bleeding from the
injured artery tied 1~2 mm proximal to the arteriotomy. (d) Skin closure is achieved by continuous suturing
with the 5-0 silk. Panels (e–g) show how to make the single soft bow tie proximal to the wire insertion point
(light blue arrowhead in the panel g) before making the arteriotomy. Panel (e) indicates a 6-0 suture placed
under the proximal medial SA. Next (f) shows an ~0.4 cm presoaked 5-0 suture placed over the artery above
the 6-0 suture, and making a single bow tie with the preplaced 6-0 suture over the 5-0 string and artery
without taking out the loop edge out (g). (h) The diagram illustrates mouse hind limb arteries [17]. A Aorta, IA
Iliac artery, IL Inguinal ligament, FA Femoral artery, SCEA Superficial caudal epigastric artery, SiLN Subiliac
lymph node, PA Popliteal artery, SA Saphenous artery. Blue arrows in (a, b, h) show the bifurcation landmark
of medial and lateral SA. Light blue arrowheads in (b, g, h) show the arteriotomy point in the medial SA. Yellow
arrowheads (b, e) show the distal tie to pull the artery distally
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6. Hold the tied suture’s edge with the forceps, and slowly retract
the wire twisting back using fingers in repeating rotations (see
Note 13).

7. Before pulling out the wire completely, readjust the position of
the pretied suture over the artery to 1–2 mm proximal to the
arteriotomy.

8. Immediately after the wire is removed, tie the prepositioned
suture firmly. Wash away the blood with PBS, and then make
sure that there is no blood leakage from the tied area, and make
another secure tie (Fig. 2c). Cut and clean out extra strings.

9. Place the wire into PBS immediately after taking out from the
vessel, and wipe with gauze gently to prevent the tissue debris
sticking on it, and keep in PBS for the next injury (seeNote 5).

3.1.5 Skin Closure

and Recovery

1. Close the skin with presoaked 5-0 silk suture (Fig. 2d).

2. Place the mouse back on the clean, prewarmed cage on the
heating mat.

3. After the mouse has recovered, put some food on the bed and
return the cage to the mouse room.

4. Next day, check the injured leg and mouse condition.

3.2 Femoral Artery

(FA) Wire Injury

Intensive FA injury leads to adventitial lineage cells contributing to
the hyperplastic neointima.

3.2.1 Preparation

of Surgical Tools

and Mouse

1. Cut a Cook Fixed Core Guide Wire with the wire-cutter into
1.5 cm (see Note 14), and soak in PBS in 6 cm dish. Presoak
three of ~15.0 cm and two of 1.5 cm long 6-0 sutures and
sterilized surgical tools in PBS.

2. After anesthetizing the mouse, remove the hair of the left leg
around the thigh (Fig. 3a), and repeat steps in Subheading
3.1.2.

3.2.2 Isolation

of the Femoral Artery

and Branches

1. Make an ~0.5 cm skin incision longitudinally from the knee
toward the medial thigh. The neurovascular bundle with the
subcutaneous white fat (shown * in Fig. 3a) is a landmark,
which covers the bifurcation of FA and popliteal artery (PA),
distally located to the superficial caudal epigastric artery
(SCEA, Fig. 3k) [17] (see Note 15).

2. Remove the membranous femoral sheath and subcutaneous fat
tissue around the neurovascular bundle (Fig. 3b).

3. After pushing the separated nerve to the side to avoid its
irritation, isolate the vascular bundle (no need to separate the
vein and artery) using #5/45 forceps from the surrounding
muscle and tissue. Loop two pre-wet 15 cm long 6-0 sutures

Mouse Vascular Wire Injury Models 259



Fig. 3 Femoral artery (FA) wire injury. (a) The skin incision on the left hind limb made from the knee toward
the medial thigh. Yellow asterisk shows a landmark subcutaneous white fat stream. (b) After removing the
fat, the neurovascular bundle is clearly visible, but the bifurcation of the femoral artery (FA) and popliteal artery
(PA) is still under the fat and muscle. Panel (c) shows the isolated nerve (N) placed away from the vessel, and
two 6-0 sutures placed under the vascular bundle, both vein (V) and artery (A) together, at the proximal and
distal position. The blue arrow points the bifurcation of the femoral and popliteal veins. Panel (d) shows the
temporarily secured hemostat made between the proximal and distal vascular bundle by pulling the looped
sutures proximomedially and distomedially (out of frame) respectively. The isolated PA is also stabilized with
another 6-0 loop with gentle tension distolaterally. The bifurcation of FA and PA is indicated by the blue
arrow. (e) Two additional 1.5 cm 6-0 sutures are placed under the PA. Putting the closed forceps tip under the
PA near the distal suture help to visualize the PA clearly and guide the arteriotomy. (f) The arteriotomy
indicated by the light blue arrowhead, allowing blood out from the hemostat artery. (g) The Cook wire is
inserted from the PA branch into the FA about 2–3 mm. (h) Further wire insertion over the relaxed proximal
suture into the proximal FA about 1 cm. (i) After creating the intensive wire injury, the pulled wire is tied over
the artery with the preplaced 6-0 suture temporarily under the resecured hemostat before removing the wire
from the PA. Panel (j) shows the firmly tied SA proximal to the arteriotomy and at the distal edge, without
any blood leakage and with fully recovered blood flow through the FA to SA after removing all extra sutures. (k)
The diagram illustrates mouse hind limb arteries [17]. Abbreviation: refer to Fig. 2h. Blue arrows in (c, d, k)
show the bifurcation of FA and PA. Light blue arrowheads in (f, k) show the arteriotomy/wire insertion point in
the PA
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under the vascular bundle at the proximal and distal sites
(Fig. 3c). The bifurcation of the FA and PA is still not visible,
but the popliteal vein branched from the femoral vein is usually
recognizable, indicated by the blue arrow (Fig. 3c). Moisten
the open area with a drop of Xylocaine.

4. Secure the looped 6-0 sutures with the needle holders (Fig. 1f),
and pull the proximal bundle proximomedially, and the distal
bundle distomedially (see Note 16).

5. These tensions help to expose and isolate the PA branch deeply
running under the right side muscle.

6. Carefully isolate the PA from the vein underneath the FA and
PA (seeNote 17) and loop a presoaked 15 cm 6-0 suture under
the PA and hold it with the micro serrefine clamp and tape it
with a gentle tension to distolaterally (Fig. 3d). Moisten the
tissues as needed.

3.2.3 Creating Femoral

Artery Wire Injury

1. Place two more 1.5 cm 6-0 sutures under the PA (Fig. 3e).
After securing hemostasis, make a 45-degree angle arteriotomy
(light blue arrowhead, Fig. 3f) using the spring microscissors in
the PA, far distally from the bifurcation of the FA (see Note
18). Moisten with a drop of Xylocaine.

2. Lift the cut flap of the PA gently with the #5/45 forceps. Insert
the pre-wet Cook wire toward the FA (Fig. 3g) (see Note 19).

3. After inserting the wire securely about 3 mm in the FA, release
the tension of the proximal suture for further wire insertion
upward to the FA (Fig. 3h). Hold the wire using the Graefe
(Fig. 1c) or #5/45 forceps and push the wire about 1 cm (wire
length is 1.5 cm), which is enough to cover the proximal
FA. Leave the wire for 1 min to expand the artery to damage
the endothelial intima layer. To injure the medial layer, insert
and retract the wire ten additional times (see Note 20).

4. After making the intensive injury, gently retract (but do not
remove) the wire and secure the hemostat again by pulling the
proximal suture proximally.

5. Re-position the preplaced 1.5 cm 6-0 suture at the proximal
aspect of the incision point of the PA and pre-tie over the wire
(Fig. 3i). Fully remove the wire from the PA, immediately tie
the pre-tied suture firmly and make another secure knot (see
Note 21). Soak the wire in PBS after removing from the artery
to prevent the tissue debris sticking on it.

6. Wash the blood away from the surgery area with PBS, and relax
the proximal loop suture to restart the blood supply to the
distal artery, and make sure that there is no blood leakage from
the tied arteriotomy area of the PA.
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7. Relax the distal loop suture to recover the full blood flow
through the FA to SA. Recheck no blood leakage (see Note
22). After tying the distal edge of PA, remove all temporary
hemostat sutures (Fig. 3j).

8. Repeat Subheading 3.1.5 for skin closure and recovery.

3.3 Cleaning

and Maintaining

the Wire

Clean the PBS soaked wire with new gauze gently but thoroughly
(seeNote 23). Keep the wire in the original wire holder or the dish.

3.4 Harvesting

and Immunostaining

of Wire Injured Artery

Key steps in harvesting, cryo-sectioning, and immunostaining are
described below.

1. Perfuse the fixative solution after the PBS flushing into the
blood circulation, and keep the dissected wire injured arteries
in 15% sucrose in PBS at 4 �C overnight.

2. Embed arteries in the cryo-mold with OCT compound and cut
into 6-μm cross sections.

3. The cryosections are stained with standard protocol and images
acquired using a confocal microscope. Refer to Subheading 2.6
about common antibodies used for immunostaining.

4. Representative neointima hyperplasia with and without adven-
titial lineage cell contribution is demonstrating in Fig. 4 (see
Notes 24 and 25).

4 Notes

1. For the femoral artery wire injury, the surgery area is deep,
which allows liquids to pool in the surgical field. The upper
light attached to the microscope makes a reflection on these
liquids. If it prevents clear vision for the surgery, turn off the
upper light and use a side light from the gooseneck fiber optic
(see Note 17).

2. Using the heating mat during surgery to maintain body tem-
perature facilitates mouse recovery, together with the addi-
tional heating mat under the recovering cage.

3. Using a plastic disk/plate to position the mouse on during the
surgery gives the flexibility to adjust a suitable angle and posi-
tion for the wire and tool access (see Note 10).

4. Transpore surgical tape is easy to cut into small pieces and not
sticky unnecessarily, and it can stick on slightly wet surfaces by
pushing out the moisture beneath.

5. Keep the surgical tools in PBS when not in use to release any
debris and blood from them.

262 Aya Nomura-Kitabayashi and Jason C. Kovacic



6. For peripheral artery wire injury, aligning the artery line of the
medial saphenous to the proximal femoral makes the wire
insertion much easier. Pull the leg to extend the knee straight,
and abduct the lower leg below the knee slightly laterally.

7. Maintaining artery tension helps the wire insertion into the
incision hole. Tape down the other side of the suture tied at the
proximal artery on the foot with a 3 � 6 mm Transpore tape,
and pull the sticking out suture under the tape to adjust the
tension. Do not pull too much.

8. A temporary soft single bow tie can be released easily by pulling
one of the suture ends. Making it proximal to the arteriotomy
to prevent unnecessary blood loss and mess, makes wire inser-
tion much easier. Make sure to have enough distance between
the proximal and distal ties on the SA, and create the arteriot-
omy close to the distal tie (light blue arrowhead, Fig. 2g) to
prevent the inserted wire from slipping out during the
subsequent handling. Figure 2e–g shows step-by-step pro-
cesses for how to make the soft single bow tie to create the
temporary hemostat. The short 5-0 suture is a cushion to press
the artery gently (Fig. 2f). Instead of taking out an edge of the
looping suture during tying, keep pulling the middle of the
loop and the other edge of the suture in the opposite direction
to make a single bow tie (Fig. 2g). To release this bow tie,
simply pull one end of the 6-0 suture.

9. Making a clean and adequate incision in the artery (arteriot-
omy) is one of the important points to achieve good wire
insertion. Placing the forceps under the target artery gives a
good contrast to see the depth of the cut (refer Fig. 3e). The
arteriotomy should be in ~40% depth in the artery: if it’s too
deep, the artery will tear while inserting the wire.

10. Before inserting the wire, adjust the mouse/disk by 45-degrees
to the left to make the wire insertion easier. Put the pre-wet
wire beside the artery ready to use, and lift the cut flap of the
artery with #5/45 forceps gently. Never flip or pull up the flap
too much, it will cause tearing. Just hold the flap to keep the
hole open. Hold the wire from the top with the #5/45 forceps
and keep the wire angle parallel to the artery, and gently insert
into the incision hole.

11. When releasing the proximal bow tie, keep the wire steady to
avoid slipping out from the artery. Changing the forceps grab
angle of the wire to the side helps the subsequent wire
handling. Once the wire is in the artery, blood is held by the
wire, but keep the 6-0 suture under the artery after loosening
the tie for further steps.

12. Keep the wire and artery moist without making them sticky
with Xylazine as well as with PBS for the shaved leg skin.
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Gently push the muscle over the skin by the Graefe forceps to
adjust the curved SA/FA artery alignment to guide wire inser-
tion smoothly toward the proximal artery.

13. To retract the wire, hold the tied string at the wire insertion site
with the left-hand forceps and hold the wire with your fingers.
Make sure that the area is moist. Twisting/rotating the wire
during retraction by your thumb and index/middle fingers,
and repeat the right/left rotation gently and slowly until the
wire tip comes closer to the exit. This motion will ensure
thorough endothelial denudation in the peripheral artery
using the Abbot wire.

14. The Cook wire has two round edges suitable for the wire
injury—both can be used.

15. Locating the target arterial branch for femoral artery wire
injury is easy once knowing the hind limb anatomical land-
marks [17]. The middle and proximal thigh areas have more
arterial branches compared with the distal limb. Refer to the
diagram in Fig. 3k. Begin by locating the superficial caudal
epigastric artery (SCEA) connecting to the subiliac lymph
node (SiLN). This elongated free SCEA is quite easy to find.
The target bifurcation of the femoral artery (FA) and popliteal
artery (PA) is located distal to this SCEA branching out from
the FA. Another landmark is a typical subcutaneous fat stream
(yellow asterisk, Fig. 3a) along with a neurovascular bundle,
and the target FA/PA bifurcation is under this fat and muscle.
Once one is familiar with these landmarks, there is no need to
dissect out the SCEA. Just make a small skin incision over the
target area.

16. Holding the two looped sutures with the needle holders cre-
ates tension on the proximal and distal vascular bundles and
secures the hemostat as well. Use enough length of suture
(15 cm~) to allow the flexibility to adjust the tension and
angle of vascular bundles (artery and vein together). Do not
pull them too firmly or they can break. The needle holders add
flexibility and increase working space.

17. The femoral and popliteal veins are bigger than the saphenous
vein and easy to break. If the vein is damaged, press the area
with a cotton swab to stop bleeding. Clean the blood pool with
the dried and PBS absorbed cotton swabs. Isolation of the PA
from the vein and placing a suture under PA are the most
difficult steps of the FA wire injury procedure. Be patient to
make an access path of the 6-0 suture by placing the closed #5/
45 forceps tip under the PA without damaging the vein. If light
reflection on the wet tissue makes it difficult to see the PA, turn
off the upper light and use the side light source (see Note 1).
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18. Make the arteriotomy in the distal PA to keep a secure distance
to tie the PA after the injury and wire removal. The Cook wire
diameter is ~2 times larger than the PA, and repeating insertion
and retraction of the wire 10 times widen the incision hole and
shortens the PA length from the arteriotomy to the bifurcation
point.

19. When putting the Cook wire into the incision hole, do not just
push the wire in, but try to gently overlay the edge of the cut
flap of the PA onto the Cook wire.

20. After trying many different ways to induce an adventitial line-
age cell contribution to neointima hyperplasia, only additional
intensive wire injury with the ten-times repeated insertion and
retraction of the Cook wire in the femoral artery worked to
damage the medial layer and induced cell contribution. With-
out the intensive repeated movements, there was no adventitial
cell contribution. Using the Abbot wire with this ten-times
repeated insertion and retraction along with 1 min leaving in
the FA did not make the cell contribution, and using the Cook
wire for peripheral artery wire injury was unable to achieve wire
insertion beyond 2–3 mm. Selecting a suitable wire injury
method depends on the experimental aim and design. Here
are the choices: (1) peripheral artery wire injury using the
Abbot wire needs less handling than the Cook wire femoral
artery injury, but the neointima has no adventitial lineage cell
contribution. (2) Femoral artery wire injury using the Cook
wire with an additional ten-times insertion and retraction gives
adventitial lineage cell contribution to the hyperplastic neoin-
tima (Fig. 4).

21. Due to vessel foreshortening, the incision point of the PA
becomes closer to the bifurcation of PA and FA after intensive
wire injury. Therefore, carefully reposition the 6-0 suture
before removing the wire and pre-tie it over the inserted wire
as far distal as possible from the incision point. Ensure that the
incision edge of the PA is protruding out distally from the tying
position. When making another secure tie, do not break the
first knot.

22. If there is blood leakage after fully releasing the hemostat, use
the second preplaced 1.5 cm suture to stop the leak, and
reassess.

23. The wires are reusable many times for mouse wire injury. The
Abbot wire has the hydrophilic coating on the tip, so some
membranous debris might be visible under the microscope
after using a couple of times, but do not peel it off. When the
Abbot wire insertion makes an unusual sticking stress during
the insertion, it is a time to replace it. Clean the wires after
soaking in the PBS by gently wiping with clean gauze. Keep
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Fig. 4 Neointima hyperplasia with and without adventitial lineage cell contribution at 3-weeks after wire injury
(see Notes 24 and 25). The cross-cut cryosections of the wire injured peripheral arteries (a, b), uninjured
femoral artery (c, d), and wire injured femoral artery (e, f) are immunostained with anti-SMA, anti-PECAM
antibodies and DAPI, and detected intrinsic tdTomato of the floxed out Rosa26-tdTomato. The tdTomato red
signal represents the adventitial (Ad) lineage cells in all panels (a–f). Green and blue stained signals in the
panels (a, b, c, e) indicate SMA positive cells in the neointima (Neoin) and medial layer (Md), and PECAM
positive cells in the intima layer (In) and newly formed epithelial lining layer respectively. In panels (d, f), blue
signals are DAPI positive nuclei, and PECAM positive intima layer shown in green (d). Panel (f) represents
corresponding normal mouse IgG2a and rat IgG control staining using the sister section of (e). The femoral
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them in the clean dish or wire tube, in which they
originally came.

24. Representative neointima hyperplasia samples with and with-
out adventitial lineage cell contribution are showing in Fig. 4.
It summarizes the immunostaining results of both peripheral
and femoral arteries 3-weeks after wire injury. The top row
shows two examples of hyperplastic neointima from the injured
peripheral arteries (Fig. 4a, b): adventitial lineage cells (tdTo-
mato positive, red) (See Note 25) are not detected in the
hyperplastic neointima (Neoin) (SMA positive, green). Unin-
jured normal femoral artery (Fig. 4c, d) has an intact PECAM
positive intima layer (In) (blue in 4c or green in 4d). It lines the
inside of well-organized intact medial layer (Md), which has
elongated DAPI signal (blue, 4d) or SMA positive cells (green,
4c). And the red adventitial layer (Ad) surrounds them. How-
ever, in the femoral artery wire injured samples (bottom row,
Fig. 4e, f), many adventitial lineage cells (red) are detected in
the hyperplastic neointima (green, Fig. 4e): some of the adven-
titial lineage cells express SMA (double positive cells shown in
yellow). The adventitial lineage cells accumulate around the
neointima border, and a few red/yellow cells are crossing into
the neointima from the adventitia (the insert shown at the
higher magnification) as well. These data suggest that Cook
wire’s intensive injury of the femoral artery (1 min leaving in
the artery plus 10-times repeats of the wire insertion and
retraction) damages the medial layer additionally and allows
the adventitial lineage cell migration and contribution to the
hyperplastic neointima. On the other hand, the Abbot wire
injury in the peripheral artery denudes the luminal endothelial
cells but makes no damage to the medial layer, leading the
adventitial lineage cells to remain outside the neointima with-
out any contribution (see Note 23).

25. Mice used in Fig. 4 to track the adventitial lineage cells are
tdTomato positive after the floxed-stop cassette out from the
double transgenic mouse line harboring the inducible Cre and
Rosa 26-tdTomato (JAX 007914).

�

Fig. 4 (continued) artery wire injured sample (e) shows adventitia lineage cells (red) contribute to the
hyperplastic neointima (green). Many red or yellow colored cells are detected among the green cells, and
the white arrowhead indicates red and yellow colored cells are crossing into the neointima from the adventitial
layer: the insert shown at the higher magnification. However, adventitial lineage cells are not detected in the
hyperplastic neointima in peripheral artery wire injured samples (a, b). V Vein, A Artery, N Nerve, Ad Adventitia,
Md Media, In Intima, Neoin Neointima. Scale bar in (f) applies to all (a–f) except for the insert
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Chapter 21

The Mouse Aortocaval Fistula Model with Intraluminal
Drug Delivery

Toshihiko Isaji and Alan Dardik

Abstract

The arteriovenous fistula (AVF) is the most common type of vascular access currently used for hemodialysis,
but long-term outcomes remain poor in many patients; understanding the basic mechanisms of venous
remodeling within the fistula environment is critical to improve our understanding of AVF maturation. In
this chapter, we describe a method to create a murine aortocaval fistula that allows intraluminal drug
delivery. This model reliably recapitulates human AVF maturation and therefore is a good consideration to
study venous remodeling.

Key words Arteriovenous fistula, Aortocaval fistula, Hemodialysis access, Animal model, Fistula
maturation, Intraluminal drug delivery

1 Introduction

The number of patients with end-stage renal disease dependent on
hemodialysis as renal replacement therapy continues to increase
[1]. Arterial-venous fistulae (AVF) continue to be the most com-
mon access created for hemodialysis due to the lower rate of infec-
tion and thrombosis compared to prosthetic grafts and catheters.
However, the one-year primary patency rates of AVF are only about
60% [2]; understanding the basic mechanisms of venous remodel-
ing within the fistula environment is critical to improve our under-
standing of AVF maturation [3]. Veins adapting to the fistula
environment may adapt in different ways than vein grafts adapting
to the arterial environment, as the fistula has higher magnitudes
and disturbed patterns of flow, lower pressure and lower resistance
of the run-off vascular bed, as well as exposure to lower oxygen
content in the mixed arterial and venous blood [4, 5].

To study venous remodeling in the context of an AVF, we have
established a mouse aortocaval fistula model; this model has several
advantages: First, unlike several models of AVF reported in larger
animals, this mouse model capitalizes on the ability to use genetic
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strains of mice to study human diseases. Second, this model uses
manual pressure to achieve hemostasis without using sutures,
which may cause the fistula occlusion, vessel stenosis and interfer-
ence with subsequent molecular analysis. Third, this model can be
adapted to easily deliver drugs intraluminally to the fistula endo-
thelium at the same time as fistula creation [6]. Lastly, this simple
model is easy to perform and master compared to the murine
carotid to jugular AVF model using a perianastomotic cuff, a
more technically demanding model [7].

A potential limitation of this model is that the AVF is made
between the aorta and inferior vena cava (IVC); these are large
central vessels, unlike the smaller peripheral vessels, such as the
radial artery and cephalic vein, that are typically used for human
vascular access. However, this model recapitulates the clinical
course of human AVF maturation, including the development of
early neointimal hyperplasia in approximately one-third of the cases
[8]. Here we describe a method to create this model including its
modification to use intraluminal drug delivery.

2 Materials

2.1 Anesthesia

Apparatus

1. Animal anesthesia machine including isoflurane vaporizer.

2. Induction chamber.

3. Inhalation mask and tube.

2.2 Surgical Tools 1. Dissecting microscope.

2. Micro forceps with teeth.

3. Surgical scissors.

4. Retractor.

5. Fine pointed forceps.

6. Micro clips.

7. Curved fine needle holder with lock.

8. 25 gauge needle (see Note 1).

9. 1 mL syringe.

10. Sterile cotton swabs.

11. Gauze.

12. 6-0 nonabsorbable sutures.

13. Saline.
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3 Methods

3.1 Creating

an Aortocaval Fistula

in the Mouse

1. Anesthetize a C57BL/6 mouse, aged 8–10 weeks, with vapor-
ized 2.5% isoflurane and 0.8 L/min oxygen administered into
an acrylic induction chamber.

2. Remove the unresponsive mouse from the chamber. Confirm
adequate anesthetization by lack of reaction to toe pinch. Place
the mouse supine on the operation table and deliver vaporized
2.5% isoflurane by continuous inhalation with a silicone mask.

3. Ventral hair is removed from the neck to lower abdomen using
a hair remover (see Note 2).

4. Make a midline abdominal incision from the level of the lower
liver edge to just above the pubis.

5. Insert a retractor (Fig. 1a). Pull all of the bowels out of the
abdominal cavity to the right side and wrap them with saline-
soaked gauze. Pull the bladder and the seminal vesicles (in male
mice) out to the caudal side (Fig. 1b) (see Note 3). Dissect the
mesentery between rectum and retroperitoneum to obtain a
full view of the aorta and IVC (Fig. 1c).

Fig. 1 Operative photos of creating an AVF in the mouse. (a) Insert a retractor after laparotomy. (b) Pull the
bowel out to the right side (yellow arrowheads) and wrap them with a saline-soaked gauze. Pull the bladder
and the seminal vesicles out to the caudal side (white arrowheads). (c) Dissect the mesentery of the rectum
(white arrows) to obtain a full view of the aorta (white arrowheads) and IVC (yellow arrowheads). (d) Dissect
the infrarenal aorta and IVC en bloc just below the left renal vein (white arrowheads). (e) Expose the puncture
site of the aorta (white arrowheads) by dissecting surrounding tissues. (f) Clamp the infrarenal aorta and IVC
en bloc
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6. Dissect the infrarenal aorta and IVC en bloc from the sur-
rounding retroperitoneal tissues to clamp them together
(Fig. 1d) (see Notes 4 and 5).

7. Expose the puncture site of the aorta by dissecting surrounding
tissues at approximately three-quarters of the distance from
the left renal vein to the aortic bifurcation (Fig. 1e) (see
Notes 6–8).

8. Bend a 25G needle to create a 45–60� angle approximately
4 mm from the needle tip (Fig. 2a). Grasp the needle with a
curved needle holder (Fig. 2b) (see Note 9).

9. Clamp the infrarenal aorta and IVC en bloc with a single
microsurgical clip (Fig. 1f) (see Note 10).

10. Grasp the connective tissue adjacent to the bifurcation and
rotate the aorta medially and caudally so that the surface of
the aorta is exposed and stretched slightly to the ventral side for
the arterial puncture (see Note 7).

11. Keep the aorta in a rotated position and puncture through
the aorta into the IVC using the 25G needle (Fig. 3a) (see
Note 11).

12. Release the rotation and pull up the surrounding tissue from
the left side of the aorta to cover the puncture site. Remove the
needle and press the puncture site softly with a cotton-tipped
swab for hemostasis (Fig. 3b) (see Notes 12 and 13).

13. Unclamp the aorta and IVC after confirmation of primary
hemostasis. Upon declamping, light-colored arterial blood
flowing into the IVC instead of dark-colored venous blood

Fig. 2 (a) Bend a 25G needle to between a 45� and 60� angle approximately
4 mm from the needle tip. (b) Grasp the needle with a curved needle holder
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flow as well as a dilated IVC can be observed as proof of
successful fistula creation (Fig. 3c) (see Note 14). Keep the
puncture site covered for 1 additional minute to ensure hemo-
stasis (Fig. 3d).

14. Return the organs to their natural position and close the abdo-
men with 6-0 sutures (see Notes 15–18).

3.2 Intraluminal

Drug Delivery

to the Mouse AVF

1. Repeat steps 1–7 in Subheading 3.1.

2. Dissect the aorta and IVC just below the aortic bifurcation from
the surrounding tissues to prepare for distal clamping.

3. Repeat step 8 in Subheading 3.1

4. Attach a 1 mL syringe loaded with the drug to the 25G needle.

5. Place a single microsurgery clip across both the proximal aorta
and the proximal IVC at the level just below the left renal vein
(see Note 19). Place a second microsurgery clip across both the
distal aorta and the distal IVC (see Note 20).

6. Repeat steps 10 and 11 in Subheading 3.1.

7. Keep holding the needle holder using the right hand and infuse
the drug solution (100–200 μL) using the left hand. Remain still
and keep the position for up to 15 min.

8. Unclamp only the distal aorta and IVC.

9. Repeat steps 12–14 in Subheading 3.1.

Fig. 3 Operative photos of creating an AVF in the mouse. (a) Puncture the aorta through into the IVC using the
25G needle. (b) Pull up the surrounding tissue from the left side of the aorta to cover the puncture site and
press it softly with a cotton swab for hemostasis. (c) Unclamp the aorta and IVC. The change in color of IVC
blood flow as well as dilated IVC can be observed (white arrowheads). (d) Confirm hemostasis
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4 Notes

1. 25 gauge needles are ideal for creating the fistula. We previ-
ously reported that using a 22 gauge needle increases postop-
erative mortality due to bleeding or acute cardiac failure and
using a 28 gauge needle reduces postoperative patency [9].

2. Hair remover is preferred because hair that is left using a shaver
may interfere with the postoperative ultrasound.

3. Cotton tipped swabs can be used to prevent injuries to the
abdominal organs and to avoid bleeding.

4. Proximal clamping is enough to reduce the blood pressure.
Distal clamping, which can interfere with the needle puncture,
is not necessary.

5. Pay attention not to injure the small venous branches such as
the lumbar veins during dissection of the proximal aorta and
IVC. A caudal branch of the left renal vein can be included
within the clamp if it is close to the left side of the aorta.

6. Do not puncture the aorta very proximally, or the fistula will
not be completely established; the proximal portion of the
infrarenal aorta is not closely attached to the IVC, with abun-
dant connective tissue located between the two vessels.

7. The aorta needs to be rotated to obtain a front view of the
puncture site, as puncturing the aorta straight into the IVC
enables the fistula to mature quickly and to keep it patent. The
aorta is positioned about 45� behind the IVC; hence the left
side of the aorta must be adequately dissected posteriorly to
allow rotation and exposure of the dorsal side of the IVC.

8. The crucial point of this model is not to dissect between the
aorta and IVC.

9. Grasp the 25 gauge with a curved needle holder to maintain an
optimal direction of the needle during puncture.

10. Clamp the proximal aorta and IVC en bloc without dissecting
the connective tissue between them to avoid bleeding and
prolonging the procedure. In addition, the dilated IVC, due
to the proximal clamp, facilitates puncture into the IVC
accurately.

11. Pay attention not to penetrate through the back wall of the
IVC, which can be easily collapsed during puncture. The nee-
dle can be seen through the thin IVC wall in the case of
successful puncture.

12. No suture is used to repair the arteriotomy; gentle pressure is
applied for hemostasis in this model, which makes it more
reproducible. Press the puncture site only to keep the sur-
rounding tissues closely attached, but do not compress the
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aorta against the IVC as it may lead to occlusion of the fistula.
The appropriate degree of pressure to apply is part of the
procedure learning curve.

13. Removal of the needle while compressing the puncture site can
reduce bleeding.

14. Persistent light-colored arterial flow or pulsatile flow with
alternate arterial and venous flows can be seen when the fistula
is created successfully.

15. The average total procedure time is approximately 20 min.

16. After anesthesia terminates, the mouse is typically able to
ambulate within about 15 min. Postoperatively, analgesia is
given, and general status monitoring includes daily observation
of wound healing, activity, and mobility.

17. Doppler ultrasound is performed post operatively to assess
AVF patency and morphology, and blood flow in the aorta
and IVC. The waveform of blood flow within the abdominal
aorta proximal to the AVF is a clear indicator of AVF patency; a
patent AVF shows sustained high diastolic flow (Fig. 4a),
whereas an occluded AVF shows normal triphasic arterial wave-
forms (Fig. 4b).

Fig. 4 Doppler analysis of the proximal abdominal aorta with a patent AVF shows
sustained high diastolic flow (a), whereas that with an occluded AVF shows a
normal triphasic arterial waveform (b)
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18. Postoperative hemorrhage or acute heart failure may lead to
early death within 24 h after surgery, whereas pulmonary
embolism or limb ischemia with thrombosis potentially cause
death after postoperative day 1; the survival rate on postopera-
tive day 7 is approximately 90%. AVF technical success is con-
firmed on postoperative day 3, as a patent AVF on day
3 predicts persistence of the AVF at least until about day 21;
the rate of AVF technical success on day 3 is approximately
70% [4].

19. The location of proximal clamping of the aorta and IVC can be
modified to be just distal to the large lumbar veins that typically
arise from the upper portion of the infrarenal IVC; excluding
these lumbar veins will minimize drug dilution due to retro-
grade blood inflow as well as prevent drug loss from outflow,
and thus promote efficient administration of the drug.

20. The micro clip that is used for clamping the distal aorta and
IVC is inserted from the right side just below the aortic bifur-
cation so that it does not interfere with the needle puncture.
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Chapter 22

A Pig Model of Myocardial Infarction: Catheter-Based
Approaches

Olympia Bikou, Shin Watanabe, Roger J. Hajjar, and Kiyotake Ishikawa

Abstract

Despite enormous efforts in treating myocardial infarction (MI) and subsequent heart failure, the recent
statistics from the American Heart Association evidently show that there still remains room for improve-
ments. To develop and translate new therapeutics toward clinics, large animal models that allow us to test
new therapies in human-like conditions are of extraordinary importance. In this chapter, we describe
detailed protocols for the creation of a closed-chest MI model in pigs. The advantages of this model include
high survival rate (>90% after ischemia–reperfusion), adjustable MI size depending on coronary occlusion
site, reproducible cardiac dysfunction, and relatively low invasive method. The temporary coronary occlu-
sion method for ischemia–reperfusion injury as well as the permanent occlusion method, using clot
injection or embolic coil implantation, are described. Furthermore, we describe the key steps needed for
understanding, performing, and analyzing cardiac angiography and echocardiography in pigs.

Key words Myocardial infarction in pigs, Heart failure model, Ischemia–reperfusion, Embolic coil,
Permanent coronary occlusion, Thrombus, Cardiac angiography in pigs, Echocardiography in pigs,
Large animal

1 Introduction

Heart failure (HF) is a clinical syndrome, caused by a variety of
causes [1]. According to the recent Statistics Update of the Ameri-
can Heart Association, the American adults affected by HF
increased from 5.7 million in 2009–2012 to 6.5 million in
2011–2014 and the number of patients diagnosed with HF is
expected to rise further by 2030 [2]. The increasing HF prevalence
can be explained by the aging of the population on the one hand
and by the better outcome of acute ischemic heart disease on the
other hand. Therapeutics targeting patients suffering from an acute
myocardial infarction (MI) have been progressively improving. This
resulted in a higher survival rate after MI and increased risk of HF at
the chronic stage [3].
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Hence, ischemic heart disease continues to be one of the most
common causes of clinical HF. Current clinically available treat-
ments slow the progression of HF, but new therapies are desper-
ately needed to protect or repair the heart from progressive
detrimental processes associated with cardiac ischemia [4]. Animal
models are essential in achieving this goal: animal models of HF
allow us to identify novel mechanisms and new potential therapeu-
tic targets. Once promising therapeutics have been identified,
experiments using large animal models of HF will be necessary
before translating them into humans. In addition, large animal
models of HF allow for testing of clinical imaging modalities and
clinical size devices.

In this chapter, we describe detailed protocols for creating a pig
model of MI using catheter-based approaches. Advantages of this
closed-chest MI model include high survival rate (>90% after
ischemia–reperfusion), adjustable MI size depending on coronary
occlusion site, reproducible cardiac dysfunction, and relatively low
invasive method. Avoiding open chest surgery allows for easier and
less traumatic access to the heart, and prevents surgery-associated
adhesions and inflammations [5]. We describe the key steps needed
for understanding, performing, and analyzing cardiac angiography
and interventions as well as echocardiography in pigs. As for any
clinical intervention, the investigator should be well familiar with
the equipment used, anatomy of the heart and related structures as
well as the potential perioperative complications and their
managements.

2 Materials

2.1 Equipment 1. Swine (see Note 1).

2. Veterinary anesthesia ventilator suitable for large animals.

3. Syringe pumps for continuous infusion of fluids and
anesthetics.

4. Vital monitors: electrocardiogram (ECG), ECG electrodes,
conductive gel, pulse oximeter, capnography, pressure sensors.

5. Cardiac defibrillator.

6. Standard catheterization pack: syringes, needles, gauzes, bowls.

7. 6 Fr or larger sheaths.

8. 6 Fr or larger guiding catheters (see Note 2).

9. 0.035 inch wire.

10. 0.014 inch wire.

11. Coronary occlusion balloon (see Note 3).

12. Angiographic contrast.
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13. Injection manifold.

14. Y-connector.

15. Embolic coil.

16. Disinfectants.

17. Heating mat.

18. Thermo blanket.

19. C-arm.

20. Echocardiography.

2.2 Drugs 1. Telazol (tiletamine/zolazepam).

2. Buprenorphine.

3. Propofol.

4. Antibiotics: cefazoline.

5. Atropine.

6. Amiodarone.

7. Furosemide.

8. Nitroglycerine.

9. Heparin.

10. Protamine.

11. Lidocaine.

12. Magnesium.

13. Pre-MI infusion solution: 0.9% sodium chloride solution
1,000 mL, amiodarone 3 mg/kg, potassium acetate 20 mEq,
atropine 0.1 mg/kg (see Note 4).

14. Post-MI infusion solution: 0.9% sodium chloride solution
500 mL, amiodarone 3 mg/kg, potassium acetate 20 mEq.

3 Methods

3.1 Preparation

and Anesthesia

1. Fast the animal overnight. Provide free access to water.

2. Induce anesthesia by intramuscular administration of 6.0 mg/
kg Telazol (tiletamine/zolazepam). Administer pain medica-
tion (e.g., buprenorphine 0.03 mg/kg). Buprenorphine at
higher dosages is effective for 8–12 h.

3. Transfer the animal to the preparation area and apply oxygen.

4. Monitor peripheral oxygen saturation and heart rate (pulse)
continuously.

5. Intubate the pig and obtain a peripheral venous access.

6. Connect the tracheal tube to the ventilator. Shave the proximal
part of the legs, in order to place the ECG electrodes. Apply gel
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on the electrodes and tape them on the legs. This enables
artefact-free monitoring, which is important for arrhythmia
detection during coronary balloon occlusion.

7. Administer intramuscular prophylactic antibiotics (e.g., cefazo-
line, 25 mg/kg).

8. Transfer the animal to the surgical suite and connect to the
ventilator. Intra-tracheal pressure should not exceed
>20 mmHg continuously to prevent lung injury.
End-respiratory CO2 measurement is recommended to adjust
the tidal volume and ventilation rate.

9. Maintain anesthesia using propofol (see Note 5). Heating pad
should be placed under the animal to maintain body tempera-
ture during the procedure.

10. Pulse oximetry, ECG, heart rate and blood pressure monitor-
ing should take place throughout the procedure.

11. Start intravenous saline infusion (bodyweight [kg]� 5–10mL)
to correct dehydration from overnight fasting (see Note 6).

3.2 Baseline Cardiac

Assessment with

Echocardiography

It is a good practice to conduct pre-MI echocardiography to screen
for cardiac abnormalities and to evaluate the impact of MI. In order
to acquire optimal images with echocardiography, it is essential to
understand the anatomy of the pig heart. Compared to the human,
the thoracic cavity of the pig is more “oval” in the anterior-
posterior direction, basically because of the different standing pos-
ture. Also, the apex is placed more medial compared to the human.
Fasting the animal as well as avoiding the excessive tidal volume is
important to obtain good images of the heart.

1. Place the animal in the right lateral decubitus position (left side
up). Apply sufficient amount of ultrasound gel on the chest (see
Notes 7 and 8).

2. For the apical view, place the transducer substernal. An apical
four-chamber view can be displayed (Fig. 1). For the apical
three-chamber view, turn the transducer approximately 90�

and side tilt slightly. Acquire and save the images for further
offline analysis. Use the colour Doppler over the mitral and
aortic valve to check regurgitation.

3. For evaluating the diastolic performance, use pulsed wave
(PW) Doppler placed at the tips of the mitral valve in the left
ventricle. The following flow velocities can be seen during LV
diastole (sinus rhythm): the E-wave, representing the early
passive filling of the ventricle, and the A-wave, which happens
late in diastole, representing the atrial contraction.

4. Slow wall velocities can be assessed with Tissue Doppler Imag-
ing (TDI). Place the PW-TDI sample volume at the level of the
lateral mitral annulus. Note that septal wall will be infarcted at
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the time of follow-up. A systolic and two diastolic waves (E0:
passive ventricle filling and A0: atrial contraction) will be dis-
played. The end-diastolic pressure can be estimated using these
parameters.

5. Valve flow and function can be studied using colour Doppler
over the aortic and the mitral valve, PW and continuous wave
(CV)Doppler over the aortic and the mitral valve. For assessing
trans-valvular flow, calculate the velocity time integral (VTI) by
delineating the PW Doppler profiles.

6. For parasternal view, turn the pig to the left lateral decubitus
position, right side up. Place the transducer at the third to
fourth intercostal space. Following measurements can be
obtained with parasternal view: LV outflow tract diameter, left
atrial diameter, standardM-mode LVmeasurements, and short
axis images.

7. For obtaining parasternal short axis view, turn the transducer
90� clockwise from the longitudinal view and tilt upward. If
the image is suboptimal, try another intercostal space. Acquire
LV images at the apical, papillary muscle, and basal levels
(Fig. 1).

Fig. 1 Representative echocardiographic images before and 3 months after MI creation. (A, B) Before MI and
(C, D) 3 months after MI creation. Note the remodeling of the left ventricle (ventricular dilation and thinning of
the ventricular walls [arrows]), as well as enlargement of the left atrium. These are associated with decreased
systolic function. (A and C) Apical longitudinal view. (B and D) Parasternal short axis view. Bars represent 5 cm
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3.3 Induction

of Myocardial

Infarction

1. After completing the echocardiographic examination, start
pre-MI infusion solution (300 mL/h) and intravenously
administer following drugs before MI induction: amiodarone
1–3 mg/kg, atropine 0.1 mg/kg.

2. Place the swine in the dorsal position. Tie the legs loosely to the
table, so that the animal is secured. Before the puncture, hind
legs are tightly pulled caudolateral to stretch the vessels for
preventing the vessel escape from the needle.

3. Clean and disinfect the groin area and apply some ultrasound
gel. Place the vascular ultrasound probe on the skin proximal to
the planned puncture site (see Notes 9 and 10).

4. Under ultrasound guidance, advance the needle. Correct the
needle position based on the ultrasound image. Puncture the
artery using a modified Seldinger’s technique. Enter the skin at
a 45� angle and make it lean during the pull back. Ensure good
pulsatile blood flow before entering the wire.

5. Enter a J-Tip guide wire (see Note 11).

6. Exchange the puncture needle to arterial vascular sheath.
Before inserting the sheath, make a skin incision large enough
for the sheath to easily go through the skin layer (seeNote 12).

7. Draw some blood for further analysis or thrombus injection
(see below Subheading 3.3, step 20a) if necessary and adminis-
ter heparin (200–300 IU/kg) intravenously. The activated
coagulation time should be >250 s.

8. Make a small suture to secure the sheath in place. This prevents
sheath dislodge during defibrillation in case of arrhythmias
during coronary balloon occlusion.

9. Loosen the ropes that are tightly holding the hind legs.

10. For the right coronary artery angiogram: advance a 4 or 5 Fr
coronary catheter to the ascending aorta with 0.035 inch wire
guidance (see Note 13). Pull back the guide wire inside the
catheter for 5–10 cm and rotate the catheter counterclockwise
for engaging it to the right coronary artery (see Note 14).

11. Once the catheter is engaged to the coronary artery, remove
the wire and connect to the injection manifold. Remove air
inside the catheter and check the pressure (see Notes 15 and
16). Inject the contrast slowly while imaging the coronary
with X-ray for test shot. Take an angiographic cine to obtain
clear images of the right coronary artery in different views (see
Note 17).

12. For the left coronary artery angiogram: pull back the catheter
and exchange to the catheter for left coronary artery angio-
gram. Hockey stick catheter and sometimes JR (long tip)
catheters can be used both for right and left coronary
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angiograms. Advance the catheter with 0.035 inch wire guid-
ance to the ascending aorta and remove the wire. Connect the
catheter to the manifold and flush. Check the pressure wave
and adjust the position if the pressure wave is not normal (see
Note 15). Rotate clockwise and engage the catheter to the left
coronary artery ostium. Take an angiographic cine to obtain
clear images of the left coronary artery in different views (see
Note 18 and Fig. 2).

13. Once the reference angiogram images are taken, evaluate the
size of the target coronary artery and prepare a coronary bal-
loon for occlusion. A balloon size that is x 1.2–1.5 of the target
coronary artery segment may be appropriate (see Note 19 and
Fig. 2).

14. Switch the catheter system to 6 or 7 Fr for inducing
MI. Proceed the catheter with 0.035 inch wire guidance.
Repeat Subheading 3.3, step 12.

15. Once the catheter is engaged to the left coronary artery, insert
the balloon with 0.014 inch wire inside. Advance the balloon
to the tip of the catheter and advance the 0.014 inch wire first,
followed by the balloon while holding the wire (see Note 20).

16. Take cine images to confirm the location of the balloon. The
balloon can occlude the side branch just next to the proximal
marker as it also expands longitudinally. Place it at least

Fig. 2 Representative angiographic images before and during MI creation with
balloon occlusion. (Left) Left coronary angiogram showing the LAD and LCx
before balloon occlusion and (Right) during balloon occlusion. The arrow indi-
cates the balloon position. LAD Left anterior descending artery, LCx Left circum-
flex artery
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1 marker distal to the branch that should not be occluded (see
Note 21).

17. Inflate the balloon (3–6 atm) at the desired location. Take a
cine angiogram to confirm total occlusion. Pull back the guide
catheter to disengage it from the left coronary ostium during
MI, while pushing the balloon catheter to prevent it from
pulling (see Note 22). Flush the catheter for pressure
monitoring.

18. Monitor ECG and pressure continuously. Consider reducing
propofol (see Note 23). Always be ready to use the external
defibrillator after inflating the balloon and use appropriately as
soon as the pig develops fatal arrhythmias (see Notes 24
and 25).

19. For ischemia–reperfusion injury: deflate the balloon and reper-
fuse after desired time (see Note 26).

20. For permanent occlusion: either clot injection through the
balloon lumen or embolic coil implantation after reperfusion
can be used.

(a) For clot injection, blood sample should be drawn before
heparin injection and kept in glass tube. Take 1 cm3 cube
thrombus and mix with 3 mL of contrast. Use a three way
connector and crush the thrombus into small particles by
rigorously pushing the mixture back and forth between
the syringes. Inject 1 mL of this mixture into the coronary
wire lumen before reperfusion (see Note 27). Slowly
deflate the balloon after 3 min and check the
coronary flow.

(b) For embolic coil implantation, deflate the balloon and
withdraw the system. Use a 4 Fr coronary catheter and
engage the left coronary artery as described in Subhead-
ing 3.3, step 12. Insert a 0.014 inch wire into the catheter
and advance it to the artery that has been occluded. After
the wire is deeply inserted into the target artery, advance
the 4 Fr coronary catheter by gentle rotation and push
while holding the wire. Advance the catheter to the distal
of balloon-occluded site. Remove the wire and insert
embolic coil into the catheter. Push the coil with
0.035 inch wire into the coronary artery. Remove the
catheter once the coil is implanted, and perform angio-
gram if necessary (see Note 28).

21. Remove the sheath after stable hemodynamic status is estab-
lished (see Note 29).

22. Recover the animal under continuous monitoring. Use a
thermo blanket to maintain temperature. Apply furosemide
2.5 mg/kg and nitroglycerine 0.2 mg/kg for preventing
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acute congestive heart failure. Apply postprocedural analgesics
(e.g., buprenorphine, 0.03 mg/kg). Keep the animal well oxy-
genated (see Note 30).

23. After extubation of the pig, administer post-MI infusion solu-
tion 20 mL/h over 8 h.

24. Check animal health status daily. The majority of deaths occur
within 24 h after MI. Mortality 48 h after MI is very low for
this ischemia–reperfusion model. In our hands, survival rate for
ischemia–reperfusion models is over 90%. In permanent occlu-
sion models, pigs have higher mortality associated with
arrhythmia. They can develop ventricular tachycardias after
MI. Therefore ECG should be examined if the pigs develop
any symptoms (see Note 31).

4 Notes

1. We have been able to catheterize animals over 9 kg by inserting
6 Fr sheath and using 5 or 6 Fr systems. However, the survival
after the MI induction may be low in too young pigs. Regard-
ing the pig breed, Hare group has reported that mini pigs are
less tolerant to MI compared to the Yorkshire pigs. Therefore
they induce a smaller infarct in mini pigs [6]. While we do not
have experience in other species, same techniques can be
applied for sheep. Dogs are known to have inherent collaterals
between the coronary arteries, thus inducing reproducible MI
with percutaneous approaches may be challenging.

2. Coronary balloons can be inserted through 4–5 Fr catheters,
but continuous monitoring of the pressure through the cathe-
ter becomes difficult when the balloon catheter tightly fits in
the guiding catheter. Optimal guiding catheter shape depends
on size of the animal, access site, pig anatomy, and operator’s
preference. We use Hockey stick catheters in 20–30 kg pigs
from femoral access. Different catheter types should be avail-
able in the lab for pigs with unique coronary anatomy.

3. The size of the coronary balloon depends both on the size and
the occlusion site of the coronary artery and should be chosen
accordingly. We use 3.5–4.0 mm short balloons (8 mm) for
proximal LAD and LCx occlusions and 3.0–3.5 mm short
balloons for mid LAD occlusions. Since the balloon pressure
remains low (3–6 atm) during the occlusion, we use noncom-
pliant balloons to prevent balloon slippage during
defibrillation.

4. Preventing low potassium during and post-MI is important for
reducing arrhythmias.
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5. In our experience, propofol 10 mg/kg/h is necessary and
sufficient for sedating naive Yorkshire pigs. Sick animals should
receive reduced dose.

6. Hypovolumic condition during MI will result in low blood
pressure. It is important to administer sufficient amount of
fluid intravenously before inducing MI.

7. After initial setup, wait until the vital signs become stable. In
order to have valid and reproducible results, pigs should not
have tachycardia.

8. The thorax of the pig is more oval compared to the human,
which sometimes makes the acquisition of clear images a chal-
lenge. Pig positioning is critical for acquiring good images:
make the spine of the pig more “round,” by placing all four
legs and the head close to each other. Image acquisition is
optimized using brief periods of breath hold (<5 s).

9. The femoral artery runs in the femoral canal. The femoral canal
is located between the muscle sartorius and the muscle gracilis.
The femoral canal houses the nerve, the vein and the artery.
The artery is located at the lateral part of the canal. The
relationship between artery, nerve, and vein can be easily mem-
orized by remembering VAN (vein, artery, nerve) from medial
to lateral [7]. Because the palpation of the femoral pulse is very
difficult to sense in swine, the anatomical landmarks are impor-
tant for the orientation. The optimal location for the femoral
artery puncture is best assessed with ultrasound. Over the years
we observed less complications compared to the “blind” punc-
ture technique.

10. Depending on the location, the vein can be foundmedial to the
artery or beneath (more proximal). The artery has thicker wall
compared to the veins. When applying pressure with the vascu-
lar ultrasound probe, veins can be easily flattened. Applying
colour Doppler also helps distinguishing the vessels.

11. Never push the wire or the sheath against resistance. In case
there is resistance while pushing the wire, pull out both the
needle and the wire to prevent large vessel dissection and apply
manual pressure to stop bleeding. The wire can easily dissect
the artery and lead to occlusion of the vessel (see below).

12. Relevant complications in swine from the femoral artery punc-
tures include:

(a) Dissection of the femoral artery: If the sheath is already
placed, leave it until the end of procedure to prevent
bleeding during balloon occlusion. Heparin can aggre-
gate bleeding even if it stops once after the sheath
removal. While most of the pigs stay asymptomatic in a
case of femoral dissection, some do develop symptoms.
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Examine the pig daily post procedure and adjust the
medication accordingly.

(b) Complete occlusion from thrombosis: Multiple failures of
arterial puncture can result in complete thrombus occlu-
sion. This may resolve as the time passes, but punctures to
the other side should be performed by a well-experienced
operator or with cut-down to secure an arterial access.

13. Wire should be always preceded first instead of the catheter to
prevent vascular complications. This diagnostic angiogram can
be skipped, but obtaining reference coronary angiogram for
both right and left coronary arteries will improve estimation of
infarct size.

14. From the femoral access, JR or Hockey stick catheters provide
easy targeting of the right coronary artery: turn the catheter
counterclockwise. Keeping the 0.035 wire inside the catheter
facilitates catheter manipulation as it will serve as a core of the
catheter. In pigs, the right coronary artery takeoff is slightly
higher (more distal to the heart) than humans.

15. Fromwire removal to test injection is a set of manipulation that
should always be performed after changing the catheter. Make
sure by visual inspection that the air is removed from the system
before injection. Do not inject anything if the pressure wave is
not normal. In this case first, identify the problem. In most of
the cases, the reason is one of the following: (1) catheter is
wedging a small branch; (2) catheter is kinked; (3) air or
thrombus is inside the catheter or tubes; (4) tube/catheter/
manifold connection is loose.

16. For the right coronary artery, catheter can be engaged too deep
in the coronary, and wedge the sinuatrial nodal branch. In this
case, slowly clockwise and slightly pull back the catheter. Air
injection can result in embolic infarction. In case the air was
injected, administer muliple rapid saline injections into the
coronary artery. This will dissolve air in many occasions.

17. In pigs, the right coronary artery is usually small and cranial
views provide little information. RAO 90� and LAO 30� (or AP
view) would provide sufficient information.

18. Depending on the planned occlusion location, optimal views
are different. With RAO 90�, proximal part of the left coronary
artery and circumflex artery can be separated well, i.e., left main
bifurcation (proximal LAD and LCx). In contrast, LAO 30� is
useful for seeing the mid to distal part of the LAD. Different
angles should be examined until the operator understands the
coronary circulation, especially for the targeting vessel. We use
Hockey stick catheters for 20–40 kg pigs, but other catheters
can be used as well. We have experienced more incidence of
coronary dissection with the Amplatz type catheters, so very
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soft tip catheters should be chosen for Amplatz type catheters
in pigs.

19. Balloons that are too large can result in coronary dissection and
chronic total occlusion. In contrast, small balloons may not
completely occlude the artery and can minimize infarct size.

20. For targeting the LAD, rotate the catheter clockwise and for
the LCx, slightly counterclockwise. Rotating the catheters too
much will disengage the catheter. Always monitor the pressure.
The wire should be inserted deeply so that balloon insertion
can be facilitated and also the system position is stable
during MI.

21. Precise placement of the balloon before inflation is critical to
have reproducible infarct size. Repeated inflation–deflation can
result in preconditioning of the heart and reduce infarct size
significantly.

22. This will prevent blocking of the flow to nonoccluded coronary
arteries.

23. Drug metabolism significantly reduces when the cardiac func-
tion decreases. Therefore, continuous 10 mg/kg/h propofol
may sometimes lead to delayed recovery.

24. Severe hypotension can lead to more arrhythmic events. Try to
maintain systolic aortic pressure of >60 mmHg. Low-dose
phenylephrine infusion is recommended. Epinephrine usually
leads to increased arrhythmias.

25. Immediate rhythm conversion is the key for successful model
induction. Repeat defibrillation until the conversion is success-
ful. During the recharging, chest compression should be per-
formed to maintain systemic (including the heart) perfusion.
Pressure monitoring is useful for evaluating the efficacy of chest
compression. In pigs, compression should be done by pump-
ing both lateral sides of the chest. Amiodarone, lidocaine, and
magnesium may be considered if the arrhythmia is uncontrol-
lable. Balloon location should be checked in these cases to
determine if there was a dislocation of the balloon.

There are two peaks of arrhythmia events in Yorkshire pigs:
5–10 min and 25–35 min. Even if very frequent arrhythmias
occur, pigs become rhythm-stable after 35 min in the majority
of cases. Since early balloon deflation will lead to significantly
less scar size, resuscitation should be continued until this
arrhythmia surge has passed. Beta-blockers may be given to
reduce the number of arrhythmias, but in this case the final
infarct size may be reduced as well.

26. In our experience, at least 90 min occlusion is necessary for
reproducible infarct induction. With shorter duration of occlu-
sion, we found that some pigs have very small (less transmural)
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infarct, whereas others have almost semitransmural large
infarct. Extending the occlusion time leads to increased trans-
murality of the infarct. Nevertheless, after reperfusion, we
usually find a thin layer of viable myocardium in both endocar-
dium and epicardium even with 120 min occlusion (Fig. 3).

27. This approach allows for transmural infarct induction with
open coronary artery at the chronic stage (Fig. 3). Injection
needs to be performed through the balloon lumen to prevent
thrombus backflow to the nontarget branch or to the systemic
circulation.

28. Remaining flow will diminish by thrombus formation as long
as the coil is placed correctly inside the coronary artery. Make
sure that the coil is placed distal to the occlusion site. Placing
the coil proximal to the balloon occlusion site induces addi-
tional infarction and can lead to arrhythmia events during and
after the recovery. For the same reason, implanting an embolic
coil without preceding balloon occlusion is not recom-
mended, since arrhythmias can occur without adequate
monitoring.

29. Protamine can be used to facilitate hemostasis. Do not remove
sheath while the pig is developing frequent arrhythmias.

30. Hypoxia increases incidence of arrhythmias.

31. Active infarct healing takes place for 4–6 weeks. When the
embolic coil is placed, the healing takes longer.

Fig. 3 Cross sections of the left ventricle after MI creation. The hearts are stained with triphenyl tetrazolium
chloride to delineate the scar. (A) Left ventricular sections of a heart after MI creation by ischemia–reperfusion
(temporary occlusion for 120 min). The heart is from the same pig shown in Fig. 1. (B) Left ventricular sections
2 months after permanent occlusion. Note the more transmural scar. Bars represent 5 cm
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Chapter 23

Ovine Model of Ischemic Mitral Regurgitation

Dae-Hee Kim, Brittan Morris, J. Luis Guerrero, Suzanne M. Sullivan,
Judy Hung, and Robert A. Levine

Abstract

Ischemic mitral regurgitation (IMR) is a common complication of ischemic heart disease that doubles
mortality after myocardial infarction and is a major driving factor increasing heart failure. IMR is caused by
left ventricular (LV) remodeling which displaces the papillary muscles that tether the mitral valve leaflets
and restrict their closure. IMR frequently recurs even after surgical treatment. Failed repair associates with
lack of reduction or increase in LV remodeling, and increased heart failure and related readmissions.
Understanding mechanistic and molecular mechanisms of IMR has largely attributed to the development
of large animal models. Newly developed therapeutic interventions targeted to the primary causes can also
be tested in these models. The sheep is one of the most suitable models for the development of IMR. In this
chapter, we describe the protocols for inducing IMR in sheep using surgical ligation of obtuse marginal
branches. After successful posterior myocardial infarction involving posterior papillary muscle, animals
develop significant mitral regurgitation around 2 months after the surgery.

Key words Mitral regurgitation, Myocardial infarction, Sheep, Echocardiography, Tethering, Papil-
lary muscle

1 Introduction

Ischemic mitral regurgitation (IMR) is a common complication of
ischemic heart disease that doubles mortality after myocardial
infarction (MI) and is a major driving factor increasing heart failure
[1, 2]. Moderate or greater IMR occurs in ~500,000 patients/year
in the USA—20% of those with new MI and 50% with systolic left
ventricle (LV) failure [3–5]. Experimental and human studies have
revealed a wide range of attributable factors, including mitral annu-
lar dilatation [6, 7], leaflet tethering [8, 9], altered LV geometry
[10], and insufficient leaflet adaptations [11, 12]. IMR is caused by
ischemic LV distortion: inferior wall bulging displaces the papillary
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muscle (PM) to which the leaflets are anchored [8–10,
13–24]. This tethers the leaflets into the LV cavity and restricts
their closure [25, 26]. IMR reflects a deficiency in mitral valve
(MV) leaflet tissue relative to the dilating ventricle [12]. Surgery
for ischemic MR remains challenging; standard surgical therapy
includes annular ring reduction (improving leaflet apposition by
correction of posterior annular dilatation). Operative mortality is
higher than in organic MR and the long-term prognosis is worse.
The NHLBI-sponsored CTSN (Cardiothoracic Surgical Trials Net-
work) has shown that annular ring reduction for IMR often fails:
persistent MV tethering causes recurrent MR [27–32] in 33% of
patients at 1 year and 59% at 2 years [33–36]. Failed repair associ-
ates with lack of reduction or increase in LV remodeling, with
increased heart failure and related readmissions [34, 37].

Understanding mechanistic and molecular mechanisms of IMR
has attributed to the development of large animal models close to
the human. Newly developed therapies targeted to the primary
causes can also be tested in these models. Sheep and swine resemble
the coronary anatomy of humans closely, whereas dogs have an
extensive coronary collateral supply and much faster heart rates
[38]. The relatively comparable body size of sheep and swine and
similar coronary anatomy and vasomotor responsiveness to human
make them relevant for utilization of multiple diagnostic and ther-
apeutic strategies. The most popular and classic ovine or swine
model of chronic IMR can be made by ligating the obtuse marginal
branches to induce a posterolateral infarct with PM involvement,
which results in significant (moderate or greater) IMR. These
highly reproducible models require a thoracotomy to occlude the
target vessels [21]. Although the percutaneous techniques were
developed, open chest models are usually preferred because they
can allow for more comprehensive echo views and better
resolution.

1.1 Advantage

of Sheep Animal Model

The sheep is one of the most suitable models for cardiovascular
research because it can be handled easily. The ovine model is
currently accepted as the gold standard for mitral and aortic valve
replacement. The size of the heart and chest cavity and vascular
anatomy resemble those of the human. At cellular and molecular
levels, the predominant (~100%) myosin heavy chain isoform in the
sheep heart is similar to humans (~95%). The resting heart rate
(60–120 bpm), systolic (~90–115 mmHg) and diastolic
(~100 mmHg) pressure in sheep are akin to humans and so are
the hemodynamic responses. However, sheep contractile and relax-
ation kinetics are slightly faster than humans [39]. Sheep do not
have an abundant network of coronary collaterals like dogs and
have a left-dominant coronary system, and the left and right
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coronary arteries communicate with only minor overlap [40];
occlusion of a coronary artery can make distinct ischemic injuries
with sharp border zone regions accordingly.

1.2 Mitral Valve

Anatomy

Sheep heart has four cardiac valves with principally similar struc-
tures and locations to human. The gross morphology of the chor-
dae attaching at the valve leaflet and the PM is very similar; on
average, there are 12 chordae tendinea in each of the MV leaflet
[41]. The anterior–posterior diameter of the mitral annulus is
significantly smaller than that of human (25.8 � 6.3 vs.
32.5 � 5.6 mm), while the intercommissural diameters are similar.
Notably, the fibrous continuity between the two fibrous trigones,
termed the membranous septum, is completely absent in
sheep [42].

1.3 Echocar-

diography

Echocardiography in the non open-chest model is challenging.
Keel-shaped chest with narrow intercostal spaces makes difficult
to locate the ultrasound transducer and limits the acoustic window.
In addition, the presence of gas in the reticulorumen hampers the
acquisition of subcostal and apical views [43]. Transducers with
frequencies up to 5.0 MHz are generally preferred. During general
anesthesia, sheep usually lie on its right decubitus position for left
lateral thoracotomy. In this position, it is difficult to acquire apical
images of the heart including apical four-, three-, and two-chamber
views. Only parasternal short and long axis views are available so the
parameters to be acquired are limited. Placing the probe on the left
fourth intercostal space, craniodorsally oriented with 0�–20� rota-
tion, the left parasternal long axis view showing the LV outflow
tract can be obtained. To acquire the short axis images of the above
areas, the probe needs to be rotated perpendicular to the long axis
plane, scanning from apex to base. Placing the transducer on the
fourth or fifth intercostal space, just dorsal to the sternum and
aiming dorsally and to the right, left parasternal four-chamber or
five-chamber views can be obtained [44]. Even after left thoracot-
omy, although the resolution and image qualities are improved
indeed (Fig. 1), making a pericardial cradle to suspend the heart
[11, 45, 46] is essential to get apical images (see Note 1).

All parameters can be indexed to the body surface area (BSA)
using the following equation.

BSA m2
� � ¼ 0:84� body weight kgð Þ0:66

Several studies have proposed reference values for echocardio-
graphic parameters in healthy sheep [44, 47–49]. However, care
should be taken for interpretation of the results because the para-
meters will be affected by using sedatives or anesthetic agents.
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1.4 Optimal

Occlusion Site

for Inducing IMR

Posterior myocardial infarction produces MR more often than
anterior infarction [50]. The roles of papillary muscle infarction
and annular dilatation in the pathogenesis of IMR are crucial. In
previous studies, large acute posterior infarctions (32–35% of total
LV, occlusion of OM1,2,3), involving the posterior PM, produce a
moderate degree of acute MR [16, 51] and severe MR at several
weeks later. After larger infarction with posterior PM infarction by
occlusion of OM2, 3 and PDA (around 40% of total LV), severe
MR developed in all sheep immediately after infarction [21]. How-
ever, two branch occlusion (usually OM2,3) model is usually pre-
ferred, because long-term survival is threatened in large infarction
models. In one study, ligation of OM2 and OM3 infarcted
21.4 � 4.0% (moderate infarct) of the LV with complete infarcts
of the posterior PM and 11 out of 11 sheep developed a moderate
degree of MR by six weeks after MI creation. Keep in mind that
only 1þ MR develops immediately after MI creation when you
ligate OM2 and OM3 [21] (Fig. 2). In our lab, after successful
induction of moderate posterior infarctions (OM 2 and 3 occlu-
sion), 2-month survival rate was 92% and 6-month survival rate was
83%.

Fig. 1 Representative echocardiographic images available without pericardial cradle creation [(a–g) routine
parasternal views, (h and i) lower parasternal views]. (a) RV focused view. (b) LV focused view. (c) Parasternal
short axis view of the LV at MV level. (d) Parasternal short axis view of the LV at PM level. (e) M-mode tracing
of the LV at the mid-ventricular short axis. (f) Short axis image of the LV at PM base (more apically displaced).
(g) Lower parasternal MV focused view. (h) Lower parasternal three-chamber view. (I) Lower parasternal five-
chamber view
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2 Materials

1. Adult Dorsett hybrid sheep (42–46 kg) (see Note 2).

2. Heated surgical table to maintain body temperature, table pad.

3. Mechanical ventilator and respiration hose for large animals.

4. Anesthesia machine with isoflurane vaporizer.

5. Vital monitors including pulse oximeter, blood pressure moni-
tor, capnograph, rectal temperature monitor, ECG monitor.

6. Portable warming lamp.

7. Defibrillator with internal paddles.

8. Centrifuge.

9. �80 �C freezer.

10. Liquid nitrogen.

11. Vacutainers for blood sampling and cyrogenic vials.

12. Induction: Intravenous propofol.

13. Alcohol swabs.

14. Endotracheal tube (7.5–8.0 mm).

15. Laryngoscope.

16. Anesthesia: isoflurane gas inhalant.

17. Artificial tears to prevent drying of eyes.

18. Tube gauze.

19. Suction canister, suction tubing and suction tip.

20. Sterile syringes, needles, etc.

21. 70% isopropyl alcohol.

22. Povidone–iodine.

23. Hydrogen peroxide.

Fig. 2 Development of MR after MI creation. (a) No MR at baseline. (b and c) Trivial MR developed after MR
creation. Even after OM2 and OM3 occlusion, only trivial MR develops immediately after MI creation. (d)
Significant MR developed 2 months after MI creation
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24. Hair clippers (Oster size 40).

25. 18G angiocatheter for intravenous access.

26. Fabric tape to secure IV lines.

27. IV fluids (sodium chloride and lactated ringer’s solution).

28. Amiodarone (50 mg/mL).

29. Analgesic: buprenorphine (0.3 mg/mL).

30. Antibiotic: cefazolin (1 g/vial).

31. Glycopyrrolate (0.2–0.4 mg).

32. Standard emergency drugs.

33. Ground plate.

34. Cautery.

35. #15 scalpel blade.

36. Basic surgical pack containing sterile drapes.

37. Sterile towels.

38. Sterile surgical instruments and chest retractor.

39. 0.7% Iodine povacrylex.

40. Echocardiography machine.

41. Sterile echo transducer covers.

42. 5Fr high-fidelity conductance catheter for the acquisition of
pressure–volume loops.

43. Control unit and connected laptop for the pressure–volume
loops acquisition.

44. Sutures: Silk and Prolene and Vicryl.

45. 11 blade.

46. 18Fr chest tube.

47. Bupivacaine 0.5% (5 mg/mL).

48. Lidocaine (20 mg/mL).

49. Heparin sodium (1000 USP units/mL).

50. Furosemide (10 mg/mL).

51. Flunixin meglumine (50 mg/mL).

52. Triple antibiotic ointment.

3 Methods

3.1 IMR Induction 1. Administer amiodarone 200 mg PO once daily for 2–3 days
prior to surgery to prevent arrhythmia during surgery.

2. NPO the animal overnight prior to surgery.
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3. After induction with propofol 0.5–1.5 mg/kg IV, shave the left
jugular vein site with clippers and clean area with povidone–io-
dine and 70% isopropyl alcohol.

4. Cannulate the left jugular vein using an 18G angiocatheter.

5. Intubate the animal with a 7.5–8.0 mm endotracheal tube
(depending on size of animal) with the aid of a laryngoscope.

6. Secure endotracheal tube with tube gauze.

7. Place animal on its right side down on heated surgical table and
secure legs.

8. Ventilate animal at 15 mL/kg with 2–4% isoflurane and oxygen
3–4 L/min.

9. Place the vital monitors and begin monitoring and document-
ing isoflurane level and vital signs including respiration rate,
heart rate, SpO2, ETCO2, blood pressure, muscle tone, and
body temperature.

10. Apply artificial tears to both eyes to prevent drying.

11. Shave and clean left saphenous intravenous access site with 70%
isopropyl alcohol and povidone iodine.

12. Obtain intravenous access in the left saphenous vein using an
18G angiocatheter.

13. Begin administration of IV fluids: lactated Ringer’s solution
and sodium chloride solution containing amiodarone 50 mg to
prevent arrhythmia.

14. Administer analgesic buprenorphine 0.008–0.01 mg/kg, gly-
copyrrolate 0.4 mg to limit perioperative secretions of tracheal
and bronchial secretions, and antibiotic cefazolin 1 g intrave-
nously at least 15 min prior to chest wall incision.

15. Prepare surgical site using aseptic technique by shaving skin
and cleaning site with 70% isopropyl alcohol, povidone–iodine.

16. Cover the animal with sterile drapes.

17. Clean surgical site with 0.7% Iodine povacrylex solution appli-
cator to ensure asepsis of the skin.

18. Using a sterile #15 blade scalpel, make an approximately 13 cm
long skin incision between and parallel to the fourth and fifth
ribs (Fig. 3a).

19. Divide intercostal muscles and cauterize small bleedings.

20. Administer intercostal nerve block with 0.5% bupivacaine
0.5–1.0 mg/kg IM.

21. Place chest retractors and gently separate ribs being careful to
avoid rib damage.
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22. Open the pericardium to allow for coronary interventions and
imaging. Following opening the pericardium from the apex to
the base, a cradle is created (pericardial cradle creation, see
Note 1).

23. Before myocardial infarction creation, acquire baseline two and
three-dimensional echocardiography images using sterile echo
transducer covers (see Note 3) and record baseline hemody-
namic parameters (pressure–volume loop acquisition) using a
5F high fidelity conductance catheter placed in the left ventricle
via the apex of the heart. Close the insertion site using purse
string suture with Prolene (4-0).

24. Using Prolene (4-0) suture, permanently ligate the second and
third obtuse marginal branches of the left circumflex coronary
artery at their origins for myocardial infarction creation
(Fig. 3b, see Note 4).

25. Repeat echocardiography and hemodynamic data acquisition
as described in Subheading 3.1 (see Note 5).

26. Following completion of data collection and confirmation of
stable vital sign and no recurrent ventricular arrhythmias,
remove chest retractors.

Fig. 3 (a) Incision site of lateral thoracotomy. (b) Occlusion of OM2 and OM3. (c) Illustration of the LV and MV
dissections. (d) Real photo of dissected LV. The left atrium was opened and cut, and the LV wall was dissected
from the anterolateral commissure thorough anterior PM
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27. Using an 11 blade, make a small (6–7 mm) incision between
the fifth and sixth intercostal spaces and insert a 18Fr
chest tube.

28. Begin closing the chest by approximating the ribs using Vicryl
sutures.

29. Close the muscle in three layers using Vicryl antibacterial
sutures and close the skin using Vicryl (3-0) sutures.

30. Administer 0.5% bupivacaine (0.5–1.0 mg/kg) intrapleurally
via the chest tube for additional analgesia.

31. Evacuate the chest and remove the chest tube under negative
pressure.

32. Administer furosemide 20–40 mg and cefazolin 1 g
intravenously.

33. Wean animal off isoflurane general anesthesia in decrements of
0.5% until 0% is reached.

34. Remove left saphenous IV access and apply manual pressure to
site for approximately 10–15 min until hemostasis is achieved.

35. Clean surgical sites and IV access sites with hydrogen peroxide
and apply triple antibiotic ointment.

36. Move animal to transport pen for recovery from anesthesia
before returning to animal facility.

37. Monitor all vital signs during recovery period including heart
rate, SpO2, blood pressure, and respiratory rate.

38. Once the animal begins to breathe on its own, decrease
mechanical ventilator support until off and allow the animal
to breathe room air while continuously monitoring SpO2.

39. Extubate the animal when alert, swallowing, moving its head,
and able to breathe normally on its own.

40. Continuously observe and monitor animal to ensure smooth
and comfortable recovery while minimizing stress and
discomfort.

41. Give additional buprenorphine 0.008–0.01 mg/kg IM or flu-
nixin meglumine 1–2 mg/kg IM if pain is evident (fast heart
rate, fast respiration rate, shaking, high blood pressure, teeth
grinding).

42. Once conscious of environment, responding to external sti-
muli, and recovered from anesthesia, transport the animal back
to the animal facility and continue to monitor postoperatively.

43. Provide postoperative analgesia with buprenorphine
0.008–0.01 mg/kg IM every 8–12 h for 72–96 h plus as
needed and flunixin meglumine 1–2 mg/kg IM once every
24 h for 72–96 h postoperatively.
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44. Observe and monitor animals 3–4 times daily for 3 days fol-
lowing surgery to ensure smooth and successful recovery.

45. Observe, interact with, and encourage socialization and activity
during the postoperative period and daily thereafter to provide
environmental enrichment and comfort.

46. For postmortem assessment of infarct size and MV apparatus,
see Note 6.

4 Notes

1. Forming a pericardial cradle allows suitable fields for operation,
an exposure of apex, which facilitates apical window of echo-
cardiography and the insertion of high-fidelity catheter used
for pressure–volume loop. It can be created by suturing multi-
ple single stitches longitudinally along the open edges and
attaching them to the chest retractor to keep the heart sus-
pended throughout the procedure.

2. There is no data regarding gender difference in sheep after
IMR model development. However, it is well recognized that
there are distinct gender differences in epidemiology, patho-
physiology, clinical manifestations, and outcomes of human
MV and AV disease [52]. Life expectancy of a sheep is about
10–12 years. The use of sheep around 12 months of age,
40–45 kg allows for the testing of valve replacement, ring
annuloplasty, because their valve size is comparable to that of
humans [53]. The use of animals of similar age, weight and
same gender is recommended for a good achievement.

3. For epicardial echocardiography, a sterile surgical probe cover
(commercially available) can be used. A sterile latex glove
soaked with ultrasound gel is a good alternative for the probe
cover. Enough ultrasonic gel has to be applied for reducing
near field artifact.

4. Using Prolene 4-0 (BB needle) suture, permanently ligate the
second and third obtuse marginal branches of the left circum-
flex coronary artery at their origin for myocardial infarction
creation. The Prolene suture should be placed around the
OM2 and OM3 branches approximately 3–4 mm deep and
4 mm wide.

5. In our lab, considering the coronary artery anatomic variation,
we ligate OM2 first. After carefully reviewing the extent of
myocardial discoloration under direct visualization and echo
images (regional wall motion abnormalities (RMWs) and pap-
illary muscle involvement) (Fig. 4), we decide whether we
ligate OM3 additionally. See movie clips of echocardioraphic
images of normal and PM dysfunction after infarction (Movies
1a–1e).
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6. After eviscerating the heart, we usually open the left atrium
first, and dissect the LV wall from the anterolateral commissure
thorough anterior-lateral PM (Fig. 3c, d). The photos with a
ruler can be used for the further image analyses including
infract area and mitral leaflet area. To establish a standard
dissection method (Fig. 3c), communication with other
researchers is encouraged (especially for histological analyses).
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Chapter 24

Canine Model of Pacing-Induced Heart Failure

Jeffery C. Powers and Fabio Recchia

Abstract

Tachypacing-induced heart failure is a well-established large animal model that recapitulates numerous
pathophysiological, structural and molecular features of dilated cardiomyopathy and, more in general, of
end-stage congestive heart failure. The left or the right ventricle is instrumented with pacing electrodes to
impose supernormal heart rates, usually three times higher than baseline values, for a length of time that
typically ranges between 3 and 5 weeks. The animal of choice is the dog, although this protocol has been
successfully implemented also in pigs, sheep, and rabbits. This chapter provides detailed methodology and
description of the dog model utilized in our laboratory, which is one of the variants described in literature.
Chronic instrumentation is completed by adding probes and catheters necessary to obtain measures of
cardiac function and hemodynamics and to withdraw blood samples from various vascular districts. The
progression from compensated to decompensated heart failure is highly reproducible, therefore, due also to
the phylogenetic proximity of dogs to humans, tachypacing-induced heart failure is considered a highly
clinically relevant model for testing the efficacy of novel pharmacological and nonpharmacological thera-
peutic agents. This model typically produces heart failure as defined by an LV dP/dt max<1500 mmHg/s,
end-diastolic pressure>25mmHg, mean arterial pressure<85mmHg, and an ejection fraction<35%. One
can expect a mortality rate of 5–10% due to fatal arrhythmias.

Key words Pacing-induced heart failure, Dilated cardiomyopathy, Preclinical heart failure model,
Congestive heart failure, Tachycardia-induced heart failure, Canine heart failure model

1 Introduction

More than 50 years ago, Whipple and colleagues tested whether
high-frequency cardiac pacing in dogs could reproduce at experi-
mental level a well-known form of human dilated cardiomyopathy
caused by incessant tachyarrhythmia [1]. Perhaps those authors
could not imagine at that time that they were providing the scien-
tific community with one of the most valuable preclinical models of
heart failure [2, 3] still utilized to date. Although the pacing
protocol may vary among laboratories, dilated cardiomyopathy is
always obtained by imposing a supernormal heart rate, at least three
times higher than baseline values. This model is very reproducible
and evolves over a predictable time course, and numerous studies

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
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have shown that it recapitulates many of the fundamental charac-
teristics of human heart failure, including progressive left ventricu-
lar chamber dilation, wall thinning, decreased contractility,
neurohormonal activation, beta-adrenergic desensitization, and an
array of cellular and molecular alterations [4–13]. Although initially
tested in dogs, it was then successfully developed in pigs, sheep,
rabbits, and even primates [14–20]. Cardiac tachypacing causes
nonischemic cardiomyopathy. Despite its lower prevalence com-
pared to ischemic cardiomyopathy as a cause of heart failure, dilated
cardiomyopathy is particularly malignant and refractory to many
pharmacological treatments, accounting for more than 50% cases of
heart transplantation in the USA [21]. Therefore, cardiac tachypa-
cing is valuable not only for in vivo and ex vivo studies on the
pathophysiological and molecular mechanisms leading to progres-
sive cardiac derangement, but also to test new curative interven-
tions for nonischemic cardiomyopathy [22, 23].

This chapter provides a detailed description of the dog model
utilized in our laboratory, which is one of the variants described in
literature. First, dogs are chronically instrumented under sterile
conditions, then, once the postsurgical recovery is complete, the
cardiac pacing protocol is started, and the evolving functional
deterioration can be monitored over time in the conscious state,
devoid of confounding effects of anesthesia or surgical trauma.
End-stage congestive heart failure is indicated by the life-
threatening increase in left ventricular end-diastolic pressure up to
25 mmHg or higher.

2 Materials

2.1 Open-Chest

Surgery/Pacing-

Induced Heart Failure

1. Male mongrel hounds (22–25 kg, approximately 1 year old;
male animals are typically used to avoid possible confounding
effects of the menstrual or other sex-linked genetic variations
[24, 25]).

2. Operating room with ability to maintain a sterile field.

3. Ventilator capable of tidal volumes of at least 1 L.

4. Sterile saline.

5. Acepromazine (to be administered via intramuscular injection).

6. Isoflurane.

7. Propofol (to be administered intravenously).

8. Jackets with pocket to allow external pacemaker to be stored.

9. Foam collar (Size 5) that can be trimmed to fit neck of animal.

10. Pacing electrodes that can be screwed into left ventricle and/or
stitched to epicardial surface.

11. Sterile surgical kit.
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12. Cefazolin (at least six doses of 1 g each to be reconstituted and
administered via intramuscular injection).

13. Meloxicam (at least one injectable dose and five doses to be
administered orally).

14. Azithromycin (at least five doses of up to 250 mg to be admi-
nistered orally).

15. Fentanyl (transdermal patch, 75 μg/h).
16. Buprenorphine (0.3 mg/mL).

17. Euthasol (if not euthanizing via cardiectomy under general
anesthesia).

18. Echocardiograph capable of measuring, at a minimum, ejec-
tion fraction and LV free wall thickness.

19. Solid state pressure transducer to measure LV pressure (can be
indwelling or guided invasively through the femoral artery; see
Note 1.

20. Software capable of measuring, at a minimum, the following
parameters: dP/dt max, systolic pressure, end-diastolic pres-
sure, mean pressure.

21. Electrocautery.

22. Scalpel (10-blade).

23. Scalpel (11-blade).

24. Clippers.

25. Heated cage.

2.2 Chronic

Instrumentation

1. Solid-state pressure transducer.

2. Doppler flow probe (3.0–4.0 mm diameter, Iowa Doppler
Products).

3. Piezoelectric crystals (5 mm in diameter, two per animal).

4. Tygon tubing (0.09 inches in diameter).

5. Flowmeter/Sonomicrometer (Triton, Inc.).

3 Methods

3.1 Surgical

Instrumentation and

Postsurgical Recovery

1. Upon arrival at the facility, the animals should undergo
a minimum of 1 week of acclimation and quarantine (see
Note 2).

2. Fasting for a minimum of 18 h before the operation.

3. Anesthetize and place the animal in right lateral recumbent
position. Fur is clipped on the left lateral and dorsal aspects of
the thorax. Prepare the surgical sites with a series of three
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betadine or chlorhexidine scrubs, each followed by an alcohol
rinse.

4. Drape off the surgical field by the surgeon (see Note 3 for
action plan for adverse events).

5. A 10–15 mm skin incision is made between the ribs at the level
of the fourth or fifth intercostal space. A disposable cautery
instrument may be used for hemostasis during initial skin inci-
sion. The incision is deepened through the underlying inter-
costal muscles to the level of the thoracic cavity.

6. The pleura is incised, a rib retractor is placed, and the lungs are
gently manipulated to expose heart and aorta. A segment of the
descending thoracic aorta is suitably exposed for placement of
the aortic catheter.

7. A purse string suture of 3-0 nonabsorbable suture material is
placed in the aortic wall. A vascular clamp is used to partially
clamp the aorta proximal to the catheter placement location.

8. A stab incision is made through the wall of the aorta in the
center of the preplaced purse string suture.

9. The tip of a Tygon catheter (0.09 inch in diameter) is intro-
duced into the lumen of the aorta and advanced approximately
5 mm.

10. The purse string suture is tightened to secure the catheter
segment inserted in the aorta. The vascular clamp is released
to reestablish normal blood flow within the aorta.

11. A single pexy suture (4-0 nonabsorbable) is used to secure the
catheter to the aortic wall in order to provide additional
stability.

12. The pericardium is then incised and held by forceps to the chest
wall to create a pericardial cradle that lifts the heart and main-
tains it in surgical view.

13. A purse string suture of 4-0 nonabsorbable suture material is
placed in the apical aspect of the left ventricle.

14. A stab incision is made through the wall of the left ventricle in
the center of the preplaced purse string suture, and is widened
with small forceps. If the transducer is inserted immediately
(step 15), minimal bleeding should occur. If there is a delay in
inserting the transducer, the suture can be pulled tight tempo-
rarily and then loosened just prior to insertion of the
transducer.

15. A solid-state pressure transducer (5–6 mm in diameter) is
inserted through the apex of left ventricle , and the purse string
suture is tightened to hold it in place.

16. If a right ventricular catheter is needed, a stab incision is made
through the wall of the right ventricle in the center of a

312 Jeffery C. Powers and Fabio Recchia



preplaced purse string suture. The tip of a Tygon catheter
(0.09 inch in diameter) is inserted into the right ventricle and
the purse string suture is tightened to hold it in place.

17. The left atrial appendage is lifted, a segment of the left circum-
flex coronary artery is dissected from the surrounding epicar-
dium and connective tissue, and a cuff-type Doppler flow
probe (0.5 mm length) is placed around it to measure blood
flow. The wire is secured to the epicardial surface with a 2-0
nonabsorbable suture.

18. Disk-shaped piezoelectric crystals are placed on the left ventric-
ular anterior and posterior free walls. First, a purse string suture
of 2-0 nonabsorbable suture is placed on the posterior wall of
the left ventricle. A stab incision is made through the wall in the
center of the preplaced purse string suture, and the first dimen-
sion crystal is inserted in the ventricular cavity then pulled back
to remain attached to the endocardial surface, and the purse
string suture is tightened to hold it in place. This crystal is
connected with a somomicrometer. The second crystal, also
connected with a sonomicrometer, is gently pushed against the
epicardial surface of the left ventricular anterior wall and
moved in various directions to find the best alignment with
the first crystal. Then it is fixed to the internal surface of the
ventricular wall as described for the first crystal.

19. A pair of pacing loop leads is attached to the epicardial surface
of the left ventricular free wall with 4-0 nonabsorbable suture
and one electrode is screwed into the epicardial surface with
2-0 nonabsorbable suture on the same surface, a few centi-
meters apart, avoiding coronary vessels.

20. A purse string suture of 4-0 nonabsorbable suture material is
placed in the left atrial appendage. A stab incision is made
through the wall of the left atrium in the center of the pre-
placed purse string suture. The tip of a Tygon catheter (0.09
inch in diameter) is inserted into the left atrium, and the purse
string suture is tightened to hold it in place.

21. Each catheter is attached to a three-way stopcock, connected to
a syringe and filled with sterile saline before surgical
procedures.

22. After completing the placement of probes and catheters, a steel
trocar (12-inch-long) is used to lead wires and catheters from
the thoracic cavity subcutaneously to their exteriorization sites
through the skin of the interscapular region. The trocar is
passed through the thoracic wall musculature 1–2 intercostal
spaces cranial or caudal to the surgical incision, and then passed
subcutaneously.
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23. A single 0.5–1.0 cm skin incision is made at each exterior-
ization site (a different site for each catheter or wire) and the
trocar is passed through the skin incision.

24. The catheters are flushed and then closed by a knot (Since the
catheters are identical in appearance, it is useful to tie a different
number of knots in each catheter to distinguish them.).

25. The left ventricular pressure gauge wire and the pacing loop
wires are passed together and exit through one skin incision.
The flow probe wire and the two-dimension crystal wires pass
together and exit through another skin incision.

26. When the surgery is complete, all catheters and wires are buried
under the skin in correspondence of the exit points. They are all
tied to thick silk sutures that come out of the skin incision sites.
The sutures will be used to pull out catheters and wires when
the postsurgical recovery is complete.

27. Each dorsal thoracic skin incision is closed with 1–2 sutures
(2-0 nonabsorbable).

28. A chest tube (Pleura-Cath Chest Tube, 18 or 24 Fr) is placed
to reduce postoperative pneumothorax. It is tied with a purse
string of size 0 absorbable suture.

29. The thoracotomy is closed in layers: four ties of size 2 absorb-
able suture are placed around the ribs adjacent to the incision
and tightened. The two muscle layers are closed with 2-0
absorbable suture in a simple interrupted pattern.

30. The subcutaneous tissues are closed with size 0 absorbable
suture in a simple continuous pattern. The skin incision is
closed with a continuous intradermic suture of sterile catgut.

31. A transdermal fentanyl patch (75 μg/h) is attached to the left
dorsolateral lumbar region of the dog following closure of the
thoracic incision and kept for 48 h after surgery. The position
of the patch remains behind the following dressing so that it
can be visually monitored for proper adherence to the skin.

32. After all surgical procedures are completed, the pneumothorax
is reduced by repeatedly aspirating, via the chest tube, with a
50mL syringe or suction tube until no air can be aspirated. The
draining tube is then removed by pulling it out and the small
exit wound sutured with no more than 2 silk stitches.

33. An additional dose of cefazolin (20 mg/kg I.M.) and of bupre-
norphine (0.01 mg/kg SQ), as well as meloxicam (0.2 mg/kg
SQ) are given at the end of surgery.

34. Betadine should be applied to all surgical incisions. Surgical
dressings are then placed over the surgical incision and the exit
sites of the implanted instrumentation devices, and a wrap is
placed around the thorax. Representative images of instrumen-
ted heart under X-ray fluoroscopy and surgery are shown in
Fig. 1.
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3.2 Anesthetic

Recovery and

Postoperative Care

1. During the postsurgical recovery, the dog is placed in a heated
cage (see Note 4). Recovery from anesthesia is monitored by
the staff.

2. The endotracheal tube is removed when the dog regains the
swallowing reflex and/or coughs.

3. The following parameters are recorded every 15 min: tempera-
ture, heart rate, respiratory rate, and capillary refill time. This
monitoring is continued until and the dog is awake and able to
maintain sternal recumbency and rectal temperature is ~98 F.

4. Meloxicam is given at the dose of 0.1 mg/kg PO once daily for
5 days following surgery. Moreover, cefazolin is given at the
dose of 40 mg/kg IM once daily for 5 days, followed by
azithromycin at the dose of 5 mg/kg, orally, twice daily, for
another 5 days. The dose of azithromycin is increased to
10 mg/kg if the dog temperature is >103.0 F (see Note 5)

5. Dogs are observed a minimum of twice daily by research per-
sonnel for 2 days following surgery, and at least once daily for
the remaining 8 days of postsurgical recovery. The fentanyl
patch is maintained for 48 h postoperatively (see Note 6).

6. Any suture that is nonabsorbable (silk or staples) is removed
10 days after surgery. During the entire postsurgical phase of
the protocol, until final euthanasia, the dogs constantly wear
custom-made vests to protect the exteriorized wires and to
hold, when necessary, the pacemaker box. The vests are
changed whenever they are damaged and/or dirty. The points
of wires and catheter exteriorization are checked at least every
7 days for possible local skin infections.

7. Eating and defecating functions and rectal temperature are
checked daily. If, during the time of the experimental protocol,

Fig. 1 Images of instrumented heart under X-ray fluoroscopy (a) and during open-chest surgery (b)
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temperature is >103.0 F, antibiotic therapy is started again
with 10 mg/kg azithromycin PO twice daily (see Note 5). A
possible alternative to azithromycin is enrofloxacin (Baytril) at
5–20 mg/kg, once daily PO.

3.3 Experimental

Protocols

3.3.1 Jackets

1. Once the 10-day postsurgical recovery is complete, wires and
catheters can be exteriorized by gently pulling the silk threads
that were left tied to their distal ends (buried under the skin)
and sticking out of the skin. If the surgical wounds of the wires
and catheters sites are well-healed, wires and catheters may be
exteriorized earlier, but no sooner than day 7 after surgery.
Performing this maneuver at 7 days rather than 10 days post-op
renders it less traumatic, since the wound reparative tissue is
still very soft. This procedure is preceded by local infiltration
with 4 mL of 1% lidocaine.

2. Wires and catheters remain exteriorized for the rest of the
protocol, until final euthanasia. They are protected by special
jackets worn by the dog. Jackets are checked daily to ensure a
proper and comfortable fit and, if torn, damaged or soiled they
are replaced. They are changed at least once every 14 days or
more frequently if needed. Soft tubular collars are also placed
around the dogs’ necks to prevent them from reaching the
exteriorized wires and catheters.

3.3.2 Table Training 1. Dogs undergo training on the laboratory table starting no
sooner than day 8 of the postsurgical recovery (which lasts
10 days) and is continued until the dog is deemed ready for
an experiment in the conscious state (usually 2–3 sessions).

2. Training is performed for a maximum of once daily and consists
of having the dogs rest on their right side on the study table for
gradually increasing periods of time (starting at 15–30 min and
increasing to 2 h) (see Note 7).

3. Dogs are never left unattended while on the study table. The
maximum time a dog is on the table for training or assessment/
testing procedures does not exceed three continuous hours and
not exceed a total of 3 h per day.

3.3.3 Experiments in the

Conscious State

1. Experiments can be started on day 10 after surgery. The dogs
lie quietly on the laboratory table with the same modalities
described in the “Table training” Subheading 3.3.2 and for
the entire duration of the experiment.

2. Catheters are connected to pressure gauges and/or syringes
and wires to the electronic equipment for hemodynamic mea-
surements. Echocardiography is a regularly performed nonin-
vasive procedure.
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3.4 Coronary Vessels

and Ventricular

Catheterization

Coronary artery, coronary sinus, and ventricular catheterizations
serve three purposes: blood pressure measurement, blood sampling
and delivery of therapeutic agents.

3.4.1 Catheterizations for

Pressure Measurement and

Blood Sampling

1. A percutaneous cephalic catheter is placed in all animals for
ready venous access in case emergency general sedation/anes-
thesia is required due to unforeseen procedural complications.
Propofol is made available on site to rapidly induce rapid anes-
thesia during the procedure if some unforeseen procedural
complications render it necessary.

2. Procedures for femoral artery or vein and peripheral vein can-
nulation (saphenous or cephalic vein) are similar. The skin is
shaved with an electrical razor, disinfected with a disinfectant
scrub followed by a rinse and then Betadine. The skin is infil-
trated locally with 3–4 mL of 1% lidocaine and a 6–8 French
sheath (depending on the size of the catheter) is inserted
percutaneously in the vessel according to standard procedures,
consisting in the introduction of a needle first, followed by a
guidewire and finally the catheter is pushed in the vessel along
the guidewire. No cutdown is necessary. One to two additional
milliliters of lidocaine are injected in case the dog shows signs
of sufferance.

The femoral artery is localized by palpation and the femoral
vein is medial to it. In some cases, we might find useful an
external Doppler echo probe to more precisely localize these
two vessels. Catheterizations are then performed under sterile
conditions unless the dog is undergoing a terminal experiment,
immediately followed by euthanasia.

3. If the procedure is not terminal, a manual compression is
applied with a sterile surgical sponge on the vessel, after cathe-
ter and sheath removal, in order to favor local blood coagula-
tion. If the access is venous, the compression is held for 10 min
and, if it is arterial, the compression is held for 20 min.

4. A tight multilayered sterile bandage is applied prior to final
wrap, in order to provide the required pressure wrap. The
bandage will be left in place for the following 12 h and the
dog monitored while in the cage every 30 min for at least 3 h
after the procedure. If proper hemostasis is achieved, adverse
events are rare. Only the femoral artery catheterization, due to
higher blood pressure in that vessel, can sometimes be followed
by blood extravasation and swelling of the inguinal area. In that
case a tighter bandage will be applied and, in cases the animal
exhibits signs of limb swelling and/or pain and distress, veteri-
nary input will be immediately sought to determine the optimal
course of action. In some cases, especially in heart failure dogs,
it may be very difficult to localize peripheral and femoral

Pacing-Induced Heart Failure 317



vessels. If the experiment is terminal, should coronary sinus
catheterization be essential, one of the external jugular veins is
utilized as an alternative. Given its very superficial position, this
is easily identifiable and can be cannulated in conscious dogs
using the same procedure described above. (Jugular vein can-
nulations are often performed in nonanesthetized human
patients.)

3.5 Pacing-Induced

Heart Failure

1. Heart failure is induced by high frequency cardiac pacing with
an external pacemaker connected to the leads via external wires
and carried on the shoulder, in the vest pocket. The pacing
protocol is started no sooner than 10 days after surgery. It is
summarized in Fig. 2.

2. Baseline hemodynamic and echocardiographic measurements
are obtained (see Notes 1 and 8).

3. The left ventricle is then continuously paced at 210 beats/min
for 3 weeks and, after the third week, the pacing rate is
increased to 240 beats/min. The voltage generated by the
pacemaker should be adjusted to the minimum sufficient to
stimulate contraction at the desired rate (see Notes 9 and 10).

4. To assess the animals’ progression into compensated/decom-
pensated heart failure, cardiac function should be assessed
every 7 days at a minimum (see Note 9).

3.6 Methods of

Euthanasia

At the end of each experiment design in a specific protocol, the
scientifically preferred means of euthanasia is cardiectomy under
general anesthesia.

1. Anesthesia is induced with propofol (5 mg/kg I.V.) and the
dog is intubated and ventilated with 100% oxygen and 5%
isoflurane.

Fig. 2 Overview of pacing protocol
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2. The chest is rapidly opened, and, while the heart is still beating,
cardiac tissue samples are collected and immediately frozen for
subsequent biochemical and molecular analysis. Other samples
are fixed for histological analysis. Alternatively, the dogs can be
rapidly euthanized with Euthasol (1 mL/10 lbs. I.V.) or
sodium pentobarbital (100 mg/kg I.V.) followed by 20 mL
of saturated KCl solution I.V.

4 Notes

1. Our standard battery of hemodynamic measurements consists
of the following parameters: LV pressure (and thus LV dP/dt,
LV systolic pressure, and LV end-diastolic pressure), aortic
pressure (systolic, diastolic, mean), LV diameter (from piezo-
electric crystals), coronary blood flow (from Doppler probe),
and left atrial pressure (systolic, diastolic, mean). If there is an
indwelling right ventricular catheter, systolic, end-diastolic,
and dP/dt max can be measured in the right ventricle as well.
If an indwelling catheter is not placed in the LV or if the
catheter is rendered unusable (i.e., it stops working or the
animal chews the externalized connector), a transducer can be
inserted invasively through the femoral artery. This ideally
requires three people: one to cannulate the artery, one to
hold the opposite rear leg to expose the groin, and one to
stay at the animal’s head to distract it. To cannulate the right
femoral artery, the animal should be lying on its right side. One
person should be standing behind the animal holding its left
rear leg up in the air with their right hand and holding its right
leg parallel to the table with their left hand. The groin of the
animal should be shaved. The person cannulating the artery
should be able to locate the femoral artery easily by palpating
the pulse. Once the artery is located, the area should be infil-
trated with approximately 4 mL of 1% lidocaine. Approximately
0.5 cm caudal to the artery (so as to not immediately puncture
the artery upon puncturing the skin), a 1 cm incision should be
made, but only through the top layer of skin. A puncture
needle should be inserted through the incision, through the
next layer of skin, and then into the artery. Once the artery is
punctured (as indicated by bright red, spurting blood; if the
blood is dark red and/or oozing, you have punctured the
femoral vein. Applying pressure for approximately 1 min
should be sufficient to stop the bleeding), insert a guide wire
through the needle, remove the needle, and then place a 6 or
7 Fr. sheath into the artery. At this point, a pressure catheter
can be inserted through the sheath and ultimately into the LV.
If this is a terminal procedure, no pressure bandage is necessary.
If this is not a terminal procedure, direct pressure must be
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applied to the wound immediately upon removal of the sheath
until hemostasis occurs (typically 20 min). A pressure bandage
must then be applied and left on the animal overnight. If
multiple catheterizations need to be performed on the same
animal over the course of the protocol, cannulation of the
artery should be performed as distal as possible, so that the
same leg can be used multiple times.

2. During the acclimation period, laboratory staff should interact
with the animals at a minimum of once per day if possible. Since
hemodynamic and echocardiographic measurements will be
performed in the conscious state, familiarity with lab personnel
minimizes the chance that the animals will be nervous, and thus
in state of sympathetic overstimulation, when these measure-
ments are taken.

3. Ventricular arrhythmia: dogs are monitored continuously dur-
ing the surgical period with ECG. Dogs that develop ventricu-
lar arrhythmia are treated with lidocaine (2 mg/kg, I.V.). In
case of ventricular fibrillation, dogs are defibrillated with a
surgical manual defibrillator. Dogs that do not respond to
these treatments are euthanized.

Infections: Clinical signs of infection may include discharge
from catheter/wire sites, swelling andredness of skin surround-
ing exteriorization sites increased body temperature, decreased
food consumption and activity, and weight loss. Should dogs
show signs and symptoms of infection, staff veterinarians are
consulted to determine the necessary treatments. Animals are
euthanized if infections do not respond to treatment.

4. The body temperature of the animal can get as low as
95 degrees F if the chest is open for an extended period
(>1.5 h). Hypothermia can be alleviated by placing a heating
pad on the operating table, under the dog, throughout the
duration of the surgery. Additionally, it is useful to preheat the
recovery cage, for instance with a heater blowing hot air into it.

5. The body temperature of the animals is sensitive to their level of
physical activity and excitement. This means that elevated tem-
perature due to the animal jumping around in the cage or
pressure washing of the kennel can give a false indication of
fever. If an animal has a temperature of 103.0–103.5 F in the
morning, and there is reason to think that it may be nonmicro-
bial in origin; temperature should be rechecked 2–3 h after the
possible stimulus has taken place. At this point, if the tempera-
ture is still elevated, medical intervention should be undertaken
aggressively to minimize the possibility of endocarditis. Addi-
tionally, if the temperature is higher than 103.5 F, it is safe to
assume that it is not due to excitement or physical activity.

6. Any dogs exhibiting signs of pain, such as guarding of surgical
site, lethargy and decreased appetite, is evaluated by the
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veterinary staff and treated as deemed appropriated following
examination. During the 10 days of postsurgical recovery, sur-
gical incision care involves inspection (once a day) of the tho-
racotomy incision as well as the instrument exteriorization
sites. The chest wraps and bandages are changed and the exte-
riorization sites are cleaned with dilute betadine in case of
delayed healing. Possible sores are treated with antibiotic-
based ointments. If cases of delayed healing are discovered, a
veterinary consult is obtained for additional evaluation and
treatment.

7. Leg restraints are used while the dog is lying on the table as a
secondary measure to prevent the dog from jumping off the
table. Experiments rely on surgically implanted cardiac moni-
toring devices that are connected to a data acquisition system
through exteriorized catheters and wires. A dog that jumps
from the table could not only hurt himself (e.g., pulling cathe-
ters and probes connected to heart and vessels), but could
damage the wires, catheters, and monitoring equipment that
are crucial for collecting data. The leg restraints are made of
soft cotton rope material (commercially available from veteri-
narian supply companies) that are loosely placed around the
dog’s anterior legs at the level of the carpal joints. Restraints are
not going to be used on the rear legs because the animal will
innately try to use its front legs to lift its body up. With simple
restraints to the front legs the dog’s behavior will be impeded
from using them. Dogs are acclimated to the leg restraints as
part of the table training process.

8. Due to the anatomy of the dog, echocardiographic analysis can
best be performed on a v-shaped table (Fig. 3). The four-
chambered apical view can best be obtained parasternally on

Fig. 3 V-table to facilitate echocardiographic analysis
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the left side of the dog’s thorax at approximately the fifth rib
space (this can vary between animals). This will involve the
animal lying in its right side. Be sure that the staples have
been removed from the thoracic incision, as these can obstruct
the view. Two-chamber long and short axis views can best be
obtained parasternally on the right side of the thorax at approx-
imately the fifth rib space (this can vary between animals). This
requires the animal to be on its left side. When switching from
right to left laterally recumbency, many animals do not like
being upside down, so the animal should be flipped on such a
way that this does not occur.

9. The pacing rate is checked daily by auscultation with a stetho-
scope and/or palpation of the femoral pulse. If the animal is
found not in pacing (either in sinus rhythm or pacing intermit-
tently), the following steps should be followed: (1) ensure the
pacing leads are connected to the terminals of the pacer, ideally
with the screw lead connected to the negative terminal and the
loop lead(s) connected to the positive terminal; (2) ensure the
pacer batteries are properly charged, and change them out if
they are not; (3) if these two conditions are met, increase the
voltage of the pacer until the desired heart rate is resumed. If
the heart still does not respond to pacing at maximum voltage,
try applying different combinations of leads connections to the
pacer. In rare cases, the formation of cardiac scar tissue around
the pacing electrodes progresses with such rapidity that pacing
cannot be resumed. If this occurs early enough in the pacing
protocol (i.e., when no ventricular remodeling has been
observed), the animal can be allowed a minimum of 1 week
to recover and, if hemodynamics and echocardiography dem-
onstrate that cardiac function and dimensions have returned to
baseline values, the animal can be used as a normal control. If
not, the animal may need to be euthanized. In this model, the
first 3 weeks of pacing lead to compensated heart failure [22],
in which the systolic function deteriorates, but pulmonary gas
exchange is preserved, and the general condition of the animal
remain stable, with no sign of sufferance. During the last week,
when the pacing rate is set at 240 bpm, it is advisable to check
cardiac function every other day since rapid decompensation
can occur. We define end stage failure as the time when left
ventricular end-diastolic pressure reaches 25 mmHg. From
prior studies [22, 26], we know that this value of pressure is
typically found during the fourth week of pacing (at the end of
the study), concomitant with a drop in arterial PO2, various
signs of cardiac decompensation, including varying degrees and
combinations of anorexia, lethargy, weight loss, exercise intol-
erance, tachypnea (increased respiratory rate), dyspnea (diffi-
culty breathing), cyanosis (bluish mouth mucus membranes
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from decreased blood oxygen levels), moist cough, peripheral
edema (swelling of the extremities), pulmonary edema (fluid in
the lungs), ascites (fluid in the abdomen), and rarely sudden
death. By monitoring this combination of cardiac parameters
and clinical signs, we know precisely how heart failure is pro-
gressing and are able to define as each animal approaches and
enters decompensated heart failure. Every effort should be
made to initiate the terminal studies as soon as animals show
signs of decompensated failure and therefore minimize the
time of this condition, which in general does not last for
more than 24 h. Dyspnea is the most critical sign that prompts
the performance of final experiment and euthanasia within the
24 h or simple euthanasia in case of impossibility to rapidly
perform an experiment.

10. Dogs are euthanized before the end of the pacing protocol
when they lose 20% or more of the baseline weight recorded on
the day of arrival. Additionally, initiation of the pacing protocol
can sometimes induce nausea during the first 1–2 days of
pacing. This can sometimes be alleviated by administering
Sucralfate 40 mg/kg PO in a slurry.
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Chapter 25

Swine Model of Mitral Regurgitation Induced Heart Failure

Shin Watanabe, Olympia Bikou, Roger J. Hajjar, and Kiyotake Ishikawa

Abstract

Mitral regurgitation (MR) is among the most common valvular heart diseases in clinics. MR induces
volume overload of the heart and leads to heart failure (HF). Because physiological and molecular
mechanisms in nonischemic HF are distinct from that of ischemic HF, a clinically relevant animal model
of nonischemic HF is important for understanding the pathophysiology and developing new therapeutics
targeting this HF phenotype. Additionally, the large animal model of MR provides opportunities to test
new surgical and percutaneous approaches for correcting mitral valve insufficiency.
In this chapter, we describe protocols for inducing MR in pigs using percutaneous approaches. Specifi-

cally, mitral valve chords are cut by a cardiac biopsy catheter inserted either antegrade (transseptal through
venous access) or retrograde (arterial access) into the left ventricle. Both acute and chronic HF can be
induced using this technique, and left atrial enlargement can be found at the chronic stage.

Key words Heart failure, Mitral regurgitation, Nonischemic, Volume overload, Biopsy catheter,
Echocardiography, Mitral insufficiency, Transseptal, Left atrial enlargement

1 Introduction

Mitral regurgitation (MR) is among the most common valvular
heart diseases [1]. MR is classified as either primary or secondary.
Primary causes are structural or degenerative abnormalities at any
level of the mitral valve (MV) apparatus (leaflets, chordae tendi-
neae, papillary muscles, mitral annulus). Secondary causes are those
associated with left ventricular (LV) geometrical alterations that
impair proper function of the MV apparatus, usually from LV
dysfunction without organic MV diseases.

MR causes left atrial and LV volume overload and is one of the
most prevalent causes of chronic nonischemic HF in clinics. The
pathology and molecular mechanisms of heart failure (HF) due to
MR is different from ischemic cause such as myocardial infarction
[2, 3]. Considering that>30% of HFwith reduced systolic function
is reported to be of non-ischemic origin in clinic [4], large animal
models of non-ischemic HF are essential for developing new
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therapies, improving diagnostics, and deepening our understand-
ings in pathophysiology.

Recent advances in percutaneous interventions provide options
to treat mitral insufficiency without opening the chest. New devices
are developed in a rapid pace, and efficacy as well as safety of these
devices needs to be tested in animals before clinical application. A
reproducible MR model is thus also useful for these applications.
Importantly, enlarged left atrium (LA) in chronic MRmodel can be
particularly useful to more closely replicate clinical MR condition.

In this chapter, we describe protocols for inducing MR by
severing the mitral valve chordae tendinae in pigs, using two differ-
ent percutaneous approaches. The antegrade approach method
uses transseptal puncture to access the mitral valve chords through
the LA. Using steerable sheath, this approach allows stable control
of the catheter through a femoral venous access. Good understand-
ing of 3D composition of the LVand LA is essential to avoid cardiac
perforation as well as injury of the aortic root and surrounding
tissues. In contrast, retrograde approach accesses the mitral valve
cords from the aorta side via carotid arterial access. While this
approach avoids risks of complications associated with transseptal
puncture, catheter stability is somewhat hampered and access to the
basal part of the LV (mitral valve itself) is challenging.

We previously reported that acute mortality of this procedure
was 5.1% (2 out of 39 pigs) associated with massive MR. After
successful induction of at least moderate MR, 30-days survival
was 85.7% in pigs with moderate MR, whereas it was 47.6% in
those with severe MR [5]. LA size increases significantly after
1month (33.3�2.5mmvs. 39.8�4.4mm,beforeMRvs. 1month
post-MR). The procedure usually takes 30 min to 1 h, once the
operator understands the anatomy and becomes familiar with the
required skills. Because the procedure causes injuries to the mitral
valve apparatus and sometimes to the endocardium, infective endo-
carditis may develop. Therefore, perioperative anti-infection medi-
cation is important to avoid this complication.

2 Materials

1. Pig (20–30 kg) (see Note 1).

2. Heating mat for maintaining the body temperature.

3. Mechanical ventilator for large animals.

4. Standard catheterization pack: sterile drape, syringes, puncture
needle, etc.

5. Vital monitors including pressure sensors.

6. Contrast agent for angiogram.

7. 8 Fr introducer standard sheath for vascular access.
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8. 70% isopropyl alcohol.

9. Povidone–iodine.

10. Analgesic: buprenorphine.

11. Anesthetics: Telazol (tiletamine/zolazepam) and propofol.

12. Heparin sodium.

13. Saline or phosphate buffered saline (PBS).

14. 8.5-Fr (inner lumen) Steerable introducer.

15. 8 Fr Long sheath.

16. Brockenbrough needle or 0.025 inch wire.

17. 5 or 6 Fr pig-tail catheter.

18. 7 Fr biopsy catheter.

19. Furosemide.

20. Nitroglycerin.

21. Cefazolin.

22. Gentamycin.

3 Methods

3.1 Antegrade

Approach

1. Premedicate the animal using Telazol (tiletamine/zolazepam)
(8.0 mg/kg) and buprenorphine (0.6 mg) (see Note 2).

2. Intubate the animal and then ventilate. Obtain a venous access
on the ear vein. General anesthesia is maintained with Propofol
(8–10 mg/kg/h) throughout the procedure (see Note 2).

3. Intravenously inject gentamycin (80 mg) before any additional
intervention.

4. Place the animal in dorsal position on a heating mat. Tie its legs
loosely to the table. Connect the monitors on the animal. The
femoral puncture site is prepared with 70% isopropyl alcohol
followed by povidone–iodine. Percutaneous punctures provide
access to the vein and artery for sheath placements (seeNote 3).

5. Puncture the femoral vein and the artery using the Seldinger
technique with an echocardiographic guidance.

6. Insert 8.5-Fr steerable sheath into the femoral vein and 8 Fr
standard sheath into the femoral artery.

7. Administer heparin sodium at the dose of 200–300U/kg IV to
achieve an activated coagulation time of >250 s.

8. Advance the pigtail catheter to the ascending aorta through the
arterial sheath for monitoring the aortic pressure and prompt
assessments of mitral regurgitation.

9. Advance the tip of the 8.5-Fr steerable sheath to the right
atrium under fluoroscopy.
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10. Bend the steerable sheath tip to 60�–80� and insert the tip into
the right ventricle. Under 90� Right Anterior Oblique (RAO)
imaging, the catheter should be facing toward the right side.
Pressure change can be realized if the sheath is connected to
the pressure sensor.

11. Rotate the steerable sheath clockwise for about 90�. The cath-
eter will rotate toward the atrial septum. Move and adjust the
catheter position to find a location where the catheter becomes
fixed at the foramen ovale. This is the thinnest part of the atrial
septum. Under X-ray, the catheter tip should be facing almost
perpendicular to the image with RAO 90� (Fig. 1a). Slightly
move the catheter counterclockwise and confirm that it moves

Fig. 1 Angiograhic images during the procedure. (A) Left ventriculography with pigtail catheter in lateral view
(RAO 90�). Green arrowhead indicates the tip of the steerable introducer at the fossa ovalis. Blue arrowhead
indicates the papillary muscle. (B) AP view after advancing the introducer into the LA. (C) Left ventriculography
from the sheath to check the position of the mitral valve and the papillary muscles in AP view. Blue arrowhead
indicates the lateral papillary muscle. (D) AP view. Orange arrowhead shows the tip of the biopsy catheter
positioned at the posterolateral part of the basal left ventricle for severing the chordae tendiane. (E, F)
Representative left ventriculography in LV systolic phase after this procedure (AP and RAO 90�). Severe MR
flow reaching the LA roof, LAA, and the pulmonary veins. (Ao Aorta, LA Left atrium, LAA LA appendage, LV Left
ventricular, RA Right atrial, RV Right ventricular, MV Mitral valve, AP Anteroposterior, RAO Right anterior
oblique)
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toward right side. Moving toward left side with counterclock-
wise rotation indicates that the catheter is facing the right atrial
free wall (180� reverse direction). In this case, place the cathe-
ter tip back into the right ventricle and repeat this step.

12. Change the fluoroscopic view to the anteroposterior
(AP) direction. The catheter should be facing the septum.

13. Under fluoroscopic guidance, puncture the atrial septum at the
foramen ovale using a Brockenbrough needle (seeNotes 4 and
5) (Fig. 1). Inject small amount of contrast through the needle
and confirm that the tip is inside the LA.

14. Once the Brockenbrough needle is inside the LA, proceed a
dilator or a 5 Fr catheter. When advancing the dilator, pay
attention to the tip of the needle as advancing the whole system
may insert the needle too deep and can cause LA free wall
perforation (see Note 6).

15. After insertion of the dilator into the LA, advance the steerable
sheath. When there is a resistance at the septum, rotate the
sheath slightly both clockwise and counterclockwise. This will
facilitate catheter pass through the septal wall. Once the sheath
is inside the LA, remove the dilator and the needle and connect
the sheath to the pressure sensor. Flush the sheath with saline
while paying careful attention not to inject air.

16. Advance a biopsy catheter to the tip of the steerable sheath.

17. Rotate the steerable sheath counterclockwise (see Note 7).
Bend the sheath so that the tip faces posteroinferior wall of
the LV (toward the bottom of the fluoro image in RAO 90�).
Now, the sheath tip is positioned at the posterolateral part of
the LV base. Rotate the sheath clockwise while monitoring the
pressure and determine the location of the mitral valve (where
the systolic pressure decreases from that of the LV to the LA).

18. Rotate the sheath back to counterclockwise direction. After the
pressure wave has changed to the LV pressure, advance only
the biopsy catheter while opening the tip widely. This will
facilitate mitral chord capture and also reduces the risk of
myocardial perforation. Close the tip of the biopsy catheter
before feeling a strong resistance. (This means that the catheter
is attached to the myocardium. This can be also visually seen
with fluoroscopy.) Confirm the location of the tip of the biopsy
catheter under fluoroscopy (Fig. 1D) and echocardiography
(Fig. 2A) (see Note 8). The optimal tip location is around the
middle of the mitral valve plane and the papillary muscle plane,
facing 4–5 o’clock (posterolateral wall) in the short axis view
under echocardiography.

19. After a good location of the biopsy catheter tip is confirmed by
echocardiography, pull back the biopsy catheter into the
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steerable sheath. A loss of resistance can be felt when the chord
is successfully severed (see Note 9).

20. Remove the biopsy catheter and flush the sheath. Evaluate the
degree of MR with pressure, left ventriculography and echo-
cardiography (see Note 10). Repeat steps 16–20 in Subhead-
ing 3.1 until desired degree of MR is established. (Figs. 1E, F
and 2B, C)

21. Withdraw the steerable sheath and the pig-tail catheter.

22. Withdraw the sheaths from the vein and artery and achieve
hemostasis by applying direct pressure to the site for several
minutes.

23. Animals are treated daily with furosemide (50 mg) and nitro-
glycerin (5 mg) for three consecutive days, to prevent respira-
tory failure from acute congestive HF. Additionally, treat daily
with intramuscular injection of gentamycin (80 mg) and cefa-
zolin (25 mg/kg) for 3 days.

3.2 Retrograde

Approach (see

Note 12)

1. Repeat steps 1–4 in Subheading 3.1

2. Puncture the left carotid artery by using the Seldinger tech-
nique under echocardiographic guidance.

3. Insert 8 Fr long sheath into the carotid artery.

4. Administer heparin sodium at the dose of 200–300U/kg IV to
achieve an activated coagulation time of >250 s.

5. Advance the long sheath into the LV under fluoroscopic
guidance.

6. Curve the tip of the biopsy catheter to J-shape (see Note 13).

7. Insert the biopsy catheter into the LVand slightly pull back the
long sheath.

Fig. 2 Echocardiographic images during the procedure. (A) Short axis echocardiographic view at basal LV level
during the antegrade procedure. Green arrowhead indicates the tip of the biopsy catheter. (B, C) Representa-
tive echocardiographic long axis and four chamber views showing the regurgitant flow after MR induction. (LV
Left ventricular, LA Left atrium, RV Right ventricular, MR Mitral regurgitation)
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8. Rotate the sheath and the biopsy catheter and place it at the
chordae tendinae of the lateral or medial part of the anterior
leaflet using fluoroscopic and echocardiographic guidance.

9. After a good location of the biopsy catheter tip is confirmed by
echocardiography, grasp the chord and pull back the biopsy
catheter into the steerable sheath. A loss of resistance can be felt
when the cord is successfully severed (see Note 9).

10. Repeat steps 20–23 in Subheading 3.1

4 Notes

1. For antegrade approach, length of the steerable sheath needs to
be long enough to reach the LV through the atrial septum. For
large pigs, check the necessary length before inserting the
sheath.

2. All the protocols including analgesia, anesthesia, and antibac-
terial drugs are approved by the animal committee at the facil-
ity. Inhalational anesthetics can be used instead of propofol,
however we experience vasodilatory effect with inhalational
anesthetics, which may lower blood pressure and also cause
under-estimation of the degree of MR after its induction.

3. Stretching the leg tightly will facilitate the vessel puncture. In
young healthy animals, vessels can flexibly move and escape the
needle when the legs are loosely stretched. Once the vascular
accesses are established, loosen the tightened ropes.

4. Stiff end of the 0.025 inch wire can be used for puncturing the
atrial septum instead of the Brockenbrough needle. Preshape
the end as shown in Fig. 3. The size of the curve should be
adjusted depending on the size of the animal (right atrium).

5. Pig tail catheter in the aorta will be the landmark for the aorta.
Until the operator is well familiar with the anatomy, right
atriogram may help understand the anatomy. When conduct-
ing the right atriogram, keep the fluoro-imaging long enough
to capture the contrast flow into the LA, LV and the aorta.
Intracardiac echo is also a useful tool to confirm the appropriate
puncture site if it is available. However, once the operator has
understood the anatomy and the catheter handling, fluoro-
guidance is sufficient and we rarely experience complications
associated with transseptal puncture.

6. Healthy pigs before MR induction have small LA. Advancing
the needle too far can easily result in LA free wall puncture.

7. Use RAO 90� to determine the direction of the catheter.
Rotating clockwise will rotate the catheter toward atrial side
and counterclockwise will rotate the catheter toward the LV
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side. AP view is useful in determining the depth of the sheath
and the biopsy catheter from the septum toward LA free
wall side.

8. Operator should be holding the catheter firmly, so that the
grabbed chordae is not released. Repeat this step if the location
in echocardiography is not ideal. Make sure that the catheter
tip is not in the atrium. Severing the atrial wall leads to cardiac
tamponade (seeNote 11). When the tip is at the LV base, it can
result in tear of the mitral valve itself. Meanwhile, when the
chords are grasped too close to the papillary muscle, multiple
chords can be cut after one attempt, which can result in
massive MR.

9. Biopsy catheter needs to be tightly held so that the cord does
not slip off.

10. We defined a successful acute severe MR as fulfilling at least one
of the following criteria: angiographic (contrast dye reflux into
the pulmonary veins) (Fig. 1e, f), echocardiographic (mitral
regurgitation jet reaches the LA roof) (Fig. 2b, c), and hemo-
dynamic (increase in LV end-diastolic pressure by 150%). This
results in reproducible chronic HF. However, the mortality is
high and depending on the goal of the projects, the criteria may
be adjusted.

11. In case the pig developed cardiac tamponade, reverse heparin
by injecting protamine sulfate as soon as possible. Puncture the
pericardium from sub-sternum and insert a pigtail catheter.

Fig. 3 The instrument description for the transseptal pucture. (A) Three
components of the assembly: the steerable introducer, dilator, and a stiff wire.
(B) The assembly with all three components put together. When manipulating the
assembly to find the fossa ovalis, the stiff end of the wire should be concealed
within the tip of the dilator. For puncturing the septum, the stiff end of the wire
should be advanced for about 5 mm
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Remove the blood until the bleeding stops. Echocardiography
is useful to evaluate the amount of pericardial blood. Monitor
the blood pressure and evaluate the hemodynamics continu-
ously. Pericardial bleeding usually results in adhesions of the
pericardium at the chronic stage. Animals should be excluded
from the study if this can influence the study endpoints.

12. Femoral approach is possible using long guide sheath (7–8 Fr)
with 5 Fr biopsy catheter. However, there is less controllability
of the catheters and the procedure may take long. Because the
steerable sheath is thick, placing this sheath in the artery may
result in arterial dissection or post-procedure bleeding with
high probability. If surgical access to the artery is available,
this option may be considered.

13. Size of the curve should be adjusted based on the catheter
positioning for grasping the mitral valve cord.
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Chapter 26

Pig Model of Increased Cardiac Afterload Induced
by Ascending Aortic Banding

Olympia Bikou, Satoshi Miyashita, and Kiyotake Ishikawa

Abstract

Increase in cardiac afterload as represented by hypertension is an established risk factor for cardiovascular
diseases. Animal models of increased cardiac afterload offer studies aiming at identifying key molecular
mechanisms and developing new therapeutic approaches. We have reported that banding of the ascending
aorta in pigs results in significant cardiac hypertrophy and increased myocardial fibrosis at the chronic
stages. These changes were accompanied by increased stiffness of the heart, but not by systolic dysfunction.
In this chapter, we describe methods to surgically band the ascending aorta in pigs. After 3 months, animals
develop systolic left ventricular pressure of >200 mmHg with above described changes in the heart.

Key words Heart failure, HFpEF, Diastolic dysfunction, Large animal, Chronic, Hypertrophic

1 Introduction

Patients with hypertension are at increased risk of suffering from
myocardial infarction, stroke, and cardiovascular deaths [1]. Hyper-
tension is also commonly found in patients suffering from heart
failure with preserved ejection fraction, which currently has limited
therapeutic approaches. Experimental studies also documented
pathological changes attributed to increased afterload both in
acute [2, 3] and chronic settings [4–6]. We have reported that
banding of the ascending aorta in pigs results in significant cardiac
hypertrophy and increased myocardial fibrosis at the chronic stages.
These changes were accompanied by increased stiffness of the
heart, but not by systolic dysfunction, thereby exhibiting similari-
ties in the disease phenotype to heart failure with preserved ejection
fraction. This pig model of increased cardiac afterload may thus lead
to discovery of key molecular mechanisms and new therapeutic
approaches for heart failure with preserved ejection fraction.

This chapter describes a protocol for creating a large animal
model of pressure-overload induced heart failure by ascending
aortic banding. Surgical aortic banding takes approximately 1 h
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and the left ventricular pressure gradually increases as the animals
grow. After 3 months, animals develop systolic left ventricular
pressure of >200 mmHg with significant cardiac hypertrophy and
increased fibrosis [4]. Systolic function remains preserved in this
model in contrast to the rodent models of aortic constriction
[7]. We have also reported that combination of aortic banding
and myocardial infarction can exaggerate ischemic heart failure
phenotype in pigs compared to myocardial infarction alone
[5]. Degree of stenosis is adjusted by echocardiography during
surgery and echocardiography can be used to serially monitor the
development of cardiac hypertrophy and heart failure.

2 Materials

1. Standard surgical tools.

2. Electric cautery and grounding pad.

3. Anesthetics.

4. Sterile drape.

5. Silicon tube (Fig. 1).

6. Silicone Thoracic Drain.

7. Short ring to hold the silicon tube (we use a piece of ring cut
from thoracic drain as shown in Fig. 1).

8. Clip (Fig. 1).

9. Umbilical tape.

10. Echocardiography.

11. Isoflurane.

12. Fentanyl transdermal patch, 25–50 μg/h.
13. Antibiotics.

3 Methods

1. After an appropriate acclimation period at the facility, schedule
an animal for the surgery. Fast the animal overnight before
surgery.

2. Sedate the animal and intubate for artificial ventilation. Start
anesthesia and administer analgesics as well as preventive
antibiotics.

3. Shave the surgical site as well as the hip area for placing
the grounding pad.

4. Attach vital monitors including ECG electrodes and blood
pressure monitoring cuff.
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5. Place the animal on a surgical table. Lightly pull and fix the
upper limbs toward cranial direction (see Note 1).

6. Disinfect the surgical site and cover with a sterile drape.

7. Apply local anesthesia on the skin above the third intercostal
space. The ribs can be felt over the skin (seeNote 2). Wait for a
while until the local anesthesia is in effect.

8. Make a 5 cm skin incision above the third intercostal space (see
Note 3). Coagulate the bleeding spots using electrocautery.

9. Cut the lattisimus dorsi using electrocautery.

10. Cut the pleural membrane at the third intercostal space and
widen the rib space using retractors (see Note 4). Obtain a
good view of the pericardial sac inside the chest.

11. Use a wet gauze to push the lung out of the surgical window
toward dorsal direction. Remember the number of gauzes
placed inside the chest.

12. Pulsating pulmonary artery inside the pericardial space can be
seen and felt. Make a small incision (3–4 cm) on the pericar-
dium above the pulmonary artery (see Note 5).

Silicon band

Clip

Piece of drainage tube

Artificial aorta

Banding

Aorta
RA

Secured band

A

B C

Fig. 1 Materials and scheme of aortic banding. (A) Materials used for banding the aorta. (B) Aortic banding on
a mock aorta. Note that the ring (piece of drainage tube) is under the clip to keep both ends of band together.
(C) Actual surgical banding of the aorta. Position of the Aorta is shown in dot lines. or (better)Dot lines indicate
the position of the aorta.
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13. Identify the aorta location by inserting a finger. Dissect the
right side (bottom in surgical view) of the aorta using the
finger.

14. Carefully and gently grasp the tunica adventitia of the pulmo-
nary artery using forceps and pull it up. Make a small incision
on the connective tissue between the pulmonary artery and the
aorta.

15. Using a dull forceps, carefully dissect the connective tissues
between the pulmonary artery and the aorta in the dorsal
caudal direction (see Note 6). Gradually change the direction
to the right (bottom in the surgical view) to dissect around the
aorta. Insert a finger frequently to the right side of the aorta in
order to understand the size of the aorta and to determine the
exit site of the dissection (see Note 7).

16. Once the forceps are around the aorta, grasp the end of the
silicon band and pull it through the dissected space for placing
it around the aorta.

17. Place a ring and a clip on the silicon band and gradually tighten
the banding (see Note 8).

18. Verify the degree of stenosis using echocardiography (Fig. 2).
Pressure gradient can be estimated using continuous flow

Echo VTI ratio
Clip

Band

PW Doppler (LVOT) CW Doppler (Band)

Fig. 2 Echocardiographic assessment of banding by calculating VTI ratio. Ratio of VTI at the banding site
(continuous wave Doppler, placed at the point of the yellow arrow) and LV outflow tract (pulse wave Doppler,
placed at the point of the red arrow) represents the relative stenosis against the LV outflow tract. The animal
shown below underwent myocardial infarction first, and ascending aortic banding was added later. VTI ratio of
0.33 can be calculated by dividing LV out flow tract-VTI 21.3 (pulse wave Doppler, left) with stenosis-VTI 63.6
(continous wave Doppler, right). LVOT: left ventricular outflow tract, PW: pulsed wave, CV: continuous wave
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Doppler at the stenosis. Relative stenosis to LV outflow tract
can be measured using the ratio of velocity time integrals
(VTIs) at the LV outflow tract (using pulse wave Doppler)
and the stenosis (using continuous wave Doppler) (see
Note 9).

19. If the stenosis is too loose, tighten the band. If the stenosis is
too tight, loosen (see Notes 10 and 11).

20. Fix the clip using an umbilical tape. Verify the degree of steno-
sis again using echocardiography before closing the chest.

21. Insert a drain in the chest through the fourth intercostal space.
Remove the gauze that was placed to dislocate the lung. Con-
nect an ambu bag and manually inflate the lung. Close the
chest by approximating the ribs and suturing the muscles.
Then, close the skin layer.

22. Remove air from the chest by applying negative pressure on the
drain. Remove the drain and close the hole.

23. End anesthesia, apply a Fentanyl transdermal patch. Recover
the animal and place the animal under continuous monitoring
until its full recovery.

24. Echocardiography can be used to serially evaluate the degree of
stenosis and development of hypertrophy.

4 Notes

1. Left forelimb should be pulled more cranially than the right
forelimb so that the triceps do not overlap the third intercostial
space.

2. Location of the incision should be marked after fixing the
forelimbs as the skin layer can move by pulling the arms.

3. Avoid cutting the skin too close to the limb. Surgical wound
can open easier than other locations due to the arm motion
during the healing phase.

4. Securing good surgical view is key to the successful surgery. If
the access or the views of surgical window is limited, consider
widening the surgical window.

5. Left phrenic nerve runs on the dorsal side of the pericardium.
Pay attention not to cut this nerve.

6. Narrow surgical space and side by side attachment of the pul-
monary artery and the aorta preclude direct visualization inside
the dissected space. Therefore, this step needs to be done
blindly. L type forceps that have a diameter similar to the aorta
facilitate dissection around the aorta.

7. Dissect gently and slowly. Do not apply strong force as the back
side of the aorta is the atria that have very thin walls.
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8. When the stenosis becomes significant, thrill can be felt by
placing a finger on the aorta. At this point, the stenosis is still
insufficient to induce heart failure in a reasonable time in nor-
mal pigs and the band should be tightened more after the thrill
is sensed.

9. Pull and wiggle the band to release any constraint caused by
surrounding tissues before evaluating the degree of the banding.

10. Align the echo Doppler beam direction and the flow direction
to obtain accurate values. Failure to align the echo beam to
flow results in underestimation of flow and pressure.

11. When the stenosis is too severe, heart rate usually increases and
peripheral pressure decreases. Obtaining invasive peripheral
arterial access for blood pressure monitoring is thus useful for
evaluating the degree of stenosis. However, noninvasive blood
pressure monitoring can also be used. In our experience, VTI
ratio of around 0.2 against the LV outflow tract resulted in
significant pressure overload (systolic LV pressure
>200 mmHg) at the chronic stage (3–4 months) without
causing acute death.
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Chapter 27

Large Porcine Model of Profound Acute Ischemic
Cardiogenic Shock

Ole K. Møller-Helgestad, Hanne B. Ravn, and Jacob E. Møller

Abstract

Cardiogenic shock is one of the leading causes of death following acute myocardial infarction affecting 10%
of patients with large myocardial infarcts with a subsequent mortality rate of 50%. Here we describe a large
porcine model of acute ischemic cardiogenic shock. Acute left or right ventricular failure can be achieved
with close to a 100% success rate by stepwise injection of microspheres into the left or right coronary artery,
respectively, and the method allows for titration of heart failure to a prespecified level.

Key words Cardiogenic shock, Acute heart failure, Coronary ischemia, Microspheres, Pathophysiol-
ogy, Hemodynamics, End-organ perfusion

1 Introduction

Cardiogenic shock is a serious complication to acute myocardial
infarction with an in hospital mortality of 50% affecting as much as
10% of patients with large ST segment elevation myocardial infarc-
tion [1, 2]. It is a heterogeneous condition, ranging from severe
distress on arrival to the hospital to more subtle symptoms gradu-
ally progressing into a circulatory collapse and end-organ hypoper-
fusion. For this reason clinical studies are difficult to perform,
especially with respect to the effect of a therapeutic intervention.
This warrants a large animal model, where cardiogenic shock is
induced in a standardized manner, allowing the intervention to be
performed at a prespecified hemodynamic state.

Fulminant cardiogenic shock is a state of end-organ hypoperfu-
sion due to cardiac failure, where the pathophysiology is a down-
ward spiral of ischemic myocardial injury causing systolic and
diastolic dysfunction that result in decreased cardiac output and
systemic blood pressure leading to decreased perfusion of the heart,
which further exaggerates systolic and diastolic dysfunction [3]. It
is most often caused by left ventricular failure but can also be caused
by right ventricular failure [3]. The degree of systemic hypotension
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and end-organ hypoperfusion with lactic acidosis is strongly asso-
ciated with mortality [4–6]. An ideal animal model of cardiogenic
shock should produce ischemic myocardial injury causing a repro-
ducible degree of cardiac dysfunction leading to severe end-organ
hypoperfusion with an increased arterial lactate. At the same time
the model should be controllable to avoid extensive loss of animals
while minimializing the risk of selection bias. Coronary artery
occlusion–reperfusion mimics an acute myocardial infarct, but
since swine are prone to ventricular fibrillation following a proximal
complete coronary occlusion, the degree of cardiac dysfunction and
circulatory impairment is unpredictable, consequently severe
end-organ hypoperfusion and increased arterial lactate is mainly
present if the animal has suffered a cardiac arrest [7, 8]. Acute
coronary microembolization is a well-known method for produc-
ing ischemic myocardial dysfunction [9–12], and we present a
protocol for inducing profound cardiogenic shock due to either
failure of the left or right ventricle. The model can be used for
end-organ pathophysiology studies during cardiogenic shock and
specifically to evaluate pharmacologic and/or mechanical circula-
tory support used in management of cardiogenic shock. In sum-
mary, cardiogenic shock can be induced in approximately 45 min
without the animals suddenly developing ventricular fibrillation.
Microspheres are injected in a stepwise fashion every 3–10 min
and entrapment of microspheres in the myocardium causes acute
heart failure of either the left or right ventricle depending on which
coronary artery the microspheres are injected into. The model
allows for titration of ventricular failure to a predetermined hemo-
dynamic state and asystole can develop within minutes in severe
heart failure if no intervention is initiated.

2 Materials

We use animals weighing 70–80 kg. The procedure requires a
suitable operating room including an operating table, ventilator,
equipment for invasive hemodynamic monitoring, and a fluoro-
scopic imaging system.

2.1 Monitoring 1. Invasive blood pressure monitoring lines for measurement of
systemic pressure, pulmonary artery pressure, and central
venous pressure.

2. Electrocardiography (ECG) cables for three lead ECG
monitoring.

3. Monitor screen for blood pressures and ECG.

4. A Swan-Ganz catheter with continuous monitoring of cardiac
output and mixed venous oxygen saturation (CCOmbo
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pulmonary artery catheter, Edwards Lifesciences LLC, Irvine,
CA, USA).

5. A monitor screen for cardiac output (L/min), cardiac index
(L/min/m2), and venous oxygen saturation (%) and core tem-
perature (�C) surveillance.

6. Blood gas analyzer.

7. Syringes for drawing blood gas samples.

2.2 Anesthesia

and Drugs

1. Intramuscular injection syringe containing premedication to
relax the animal before inducing anesthesia.

2. Premedication: 0.2 mg/kg midazolam, 0.04 kg/kg
medetomidine.

3. Peripheral venous catheter.

4. Anesthesia induction: propofol 5 mg/kg.

5. Cuffed endotracheal tube of appropriate size for intubation.

6. Ventilator.

7. Sevoflurane.

8. Fentanyl.

9. Isotonic saline. 1000 mL over 1 h followed by approximately
500 mL/h.

10. Anticoagulation: heparin i.v.

11. Antiarrhythmic: amiodarone.

12. Cardiac arrest kit (see Note 1).

2.3 Vascular Access

(See Note 2)

1. Puncture needle (optionally connected to a syringe with saline
mixed with heparin).

2. Ultrasound with a vascular access probe.

3. A 6 Fr (or other appropriate size) sheath introducer kit for the
left carotid artery for catheterization of coronary arteries (see
Note 3).

4. A 6 Fr (or other appropriate size) sheath introducer kit for
arterial access (femoral) for systemic blood pressure
monitoring.

5. A multilumen central venous access catheter kit (MAC™ Arrow
International Inc.) for the right external jugular vein for fluid
administration and Swan-Ganz catheter (see Note 4).

2.4 Coronary

Catheterization and

Microembolization

1. A JL3.5 guide catheter.

2. Y-connector.

3. A stiff guidewire.

4. Introducer.
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5. Soft tip, flexible body guidewire.

6. Contrast material for coronary angiograhy.

7. Appropriately sized syringe for injecting contrast.

8. 0.125 g Contour™ PVA-microspheres (Boston Scientific)
(Ø ¼ 45–150 μm) mixed in a container with 10 mL saline
and 10 mL contrast (see Note 5). Stir constantly to avoid
sedimentation.

3 Methods

Animals should be acclimatized in an appropriate facility close to
the operating room, and fasted overnight with free access to water.
Connect and prepare all monitoring systems prior to inducing
anesthesia.

3.1 Inducing

and Maintaining

Anesthesia

1. Insert the needle connected to the syringe containing preme-
dication into the neck musculature and gently infuse premedi-
cation. Wait until the animal has dozed off.

2. Insert a peripheral venous catheter into one of the ear veins and
infuse drugs for inducing anesthesia (propofol). Use the
peripheral vein for infusion of fentanyl and saline until gaining
access to the right external jugular vein.

3. Intubate the animal following visualization of vocal cords by
using a customized swine laryngoscope. Ensure proper posi-
tion of endotracheal tube (ETT) by hand bagging and stetho-
scopy. Connect the ETT to the ventilator.

4. Ventilate the animal with a tidal volume of 6–8 mL/kg at a rate
of 10–14/min with 20–50% oxygen and a positive
end-expiratory pressure of 5 cm H2O. Ventilator settings
should be adjusted according to serial arterial blood gas ana-
lyses keeping pO2 � 12 kPa, pCO2 between 4.5 and 6.5 kPa,
and pH between 7.35 and 7.45.

5. Maintain anesthesia with Sevoflurane keeping mean alveolar
concentration (MAC) 1.5–2% and fentanyl infusion
25–50 μg/kg/h.

6. Fixate the animal to the operating table in dorsal recumbency,
and make sure the endotracheal tube is fixed properly to the
animal.

3.2 Monitoring

and Vascular Access

1. Place ECG electrodes and connect ECG cables.

2. Pull and fixate the legs of the animal caudally. In the femoral
region, pulling the hind leg caudally will reveal a groove
wherein the femoral vasculature is located.
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3. Ultrasound guided, the vessel of interest is perforated by a
needle (see Note 6). By using the Seldinger technique a guide-
wire is advanced through the needle. Make a skin incision close
to the guidewire and exchange the needle with the sheath,
which subsequently is advanced over the wire into the vessel,
before removing the guidewire. Ensure correct intravascular
sheath placement by the ability to draw blood before suturing
the sheath to the skin. Repeat for all vascular accesses needed.

4. As soon as you have an arterial access, perform an arterial blood
gas analysis and adjust ventilator settings accordingly and con-
nect the arterial access to a pressure monitor.

5. When you have placed the multilumen central venous access
catheter in the right external jugular vein, connect all fluids to
the catheter and advance the Swan-Ganz catheter to the pul-
monary artery. Connect the catheter to two separate pressure
monitors (one for pulmonary arterial pressure and one for
central venous pressure) and connect relevant cables to the
Swan-Ganz monitor.

6. Perform in vivo calibration of the Swan-Ganz venous oxygen
saturation. Initiate data collection for cardiac output measure-
ment on the monitor.

7. Start infusing amiodarone when access to the right external
jugular vein has been established with a rate of 4 mg/kg
over 30 min followed by a continuous infusion rate of
0.8–1 mg/kg/h (see Note 7).

8. Inject 20,000 IU unfractionated heparin, when all vascular
accesses have been established and repeat every 2 h.

3.3 Catheterizing

the Coronary Arteries

Fluoroscopy is mandatory for catheterization of the coronary
arteries.

1. Connect the y-connector to your JL 3.5 guide catheter and
insert a stiff guidewire through the y-connector straightening
the guide catheter leaving the wire tip just visible at the end of
the catheter.

2. Advance the guide catheter through the sheath in the left
carotid artery to the aortic root and remove the guidewire.

3. Alternate between gently rotate, advance and retreat the guide
catheter until you gain access to the coronary artery of interest.
Use contrast to confirm correct placement.

4. Insert the soft tip, flexible body guidewire through the
y-connector using the introducer and place the guidewire dis-
tally in the coronary artery of interest securing catheter
placement.
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5. Take a time-out where you ensure all monitoring systems are
up and running, all drugs has been infused and go over the
experimental protocol.

3.4 Inducing

Cardiogenic Shock by

Microembilization

The described approach and results are based on injecting micro-
spheres into the left coronary artery causing predominant left
ventricular failure (Fig. 1). However, depending on the coronary
artery anatomy, the right ventricle may be partly affected too. The
model does also provide the possibility to generate cardiogenic
shock due to predominant right ventricular failure (Fig. 2) by
injecting microspheres into the right coronary artery. The approach
described below causes a stable and reproducible decay in ventricu-
lar function that can be titrated to a desired level.
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panel) and right (right panel) ventricle at baseline (red and blue, respectively) and at cardiogenic shock (black)
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1. Confirm that the guide catheter is located proximally in the
target coronary artery (see Note 8).

2. Inject 1 mL microsphere solution and flush the guide catheter
rapidly with a few milliliters of isotonic saline to completely
flush the catheter (see Note 9).

3. Monitor impact of each bolus on systemic blood pressure,
cardiac output and mixed venous oxygen saturation (see
Note 10).

4. Repeat injections every 3–10 min, allowing the animals to
completely stabilize between injections, until the desired and
prespecified level of cardiac dysfunction has been reached based
on arterial blood pressure, cardiac output and/or mixed
venous oxygen saturation (see Note 11).

5. The number of boluses needed to cause profound cardiogenic
shock associated with an increase in arterial lactate concentra-
tion indicating severe end-organ hypoperfusion varies from
animal to animal but generally it can be achieved within
45min (seeNote 12). Figure 3 shows changes in hemodynamic
parameters with incremental microsphere injections in a
study series of 12 animals where the number of boluses ranged
from 8 to 42.

4 Notes

1. A cardiac arrest kit consisting of a defibrillator with handheld
pads, as self-adhesive pads interfere with fluoroscopy, as well as
epinephrine and amiodarone should be available and ready for
immediate use. Although it is the purpose of the model to
create hypotension, make sure to have a vasoconstrictive
agent, e.g., a norepinephrine infusion, prepared and at place
in a dedicated infusion pump for fast initiation as the pig may
deteriorate quickly.

2. Vascular access can be achieved by either cut down or percuta-
neously guided by ultrasound. We recommend the percutane-
ous technique as it is less invasive for animals, reduces fluid loss
from wound sites offering a more hemodynamic stable animal
and saves time when the operator is skilled. The three specified
access sites are a minimum to induce and monitor shock devel-
opment. There are virtually no limits regarding how many
catheters you can insert, and the pig has a well-developed
vertebral arterial system and circle of Willis so it is possible to
catheterize both carotid arteries without jeopardizing cerebral
blood supply.

3. In pigs, the coronary arteries are easily catheterized through
the left carotid artery.
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4. Advancing the Swan-Ganz to the pulmonary artery can be
easily done through the right jugular veins either pressure
guided or by means of fluoroscopy.

5. In our experience, mixing the microspheres with saline and
contrast results in fever arrhythmias and causes a more stable
decrease of cardiac function compared to mixing it with saline
alone.

6. Make sure to study porcine vasculature anatomy and where to
locate vessels of interest.

7. Infusing the amiodarone bolus will cause some transient hemo-
dynamic changes, e.g., reduction in systemic blood pressure
[13] that normally resolves within 30 min.

8. Proximal placement of the catheter is a key issue, especially for
the left coronary artery as both the LAD and LCx supplied
myocardium has to be affected by microspheres to create pro-
found cardiogenic shock. It is our experience that the LAD bed
is filled and blocked before LCx when injecting the micro-
spheres from the left main stem. If selective LAD/LCx bead
microembolization is warranted it is possible to place a micro-
catheter in the preferred vessel.

9. It is our experience that injecting boluses larger than 1 mL
increases the risk of circulatory collapse and cardiac arrest.
Make sure that there is absolutely no air bubbles trapped in
the guide catheter by gently pulling on the syringe before every
injection of microspheres or saline, as an air bubble into the
coronary circulation could cause immediate circulatory
collapse.

10. With our stepwise injection protocol, arrhythmic events that
require direct current shocks are very rare, and we have not
experienced any in our studied animals.

11. It is our experience that you can inject boluses with a short time
interval until mean systemic arterial blood pressure
<45 mmHg and/or mixed venous oxygen saturation <45%
and/or cardiac output <3 L/min. From this time point, ani-
mals seem to be more vulnerable and further injections of
microspheres should be done cautiously and with sufficient
time to stabilize between injections.

12. It is our experience that animals weighing 70–80 kg should be
severely compromised hemodynamically (cardiac output
<2.5 L/min and/or mean arterial blood pressure
<35 mmHg and/or mixed venous oxygen saturation <35%)
before an increase in arterial lactate becomes evident.
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Abstract

A wide range of approaches have been described to develop animal models of pulmonary vascular disease
(PVD). Clinical heterogeneity in patients with pulmonary hypertension (PH) has prompted development
of different techniques to create PH models in several animal species with the objective to recapitulate
specific PH/PVD phenotypes. Chronic thromboembolic PH (CTEPH) is a clinically important phenotype
of PH with a documented prevalence of 0.4–9.1% in patients with history of pulmonary embolism. A well-
established large animal model of CTEPH is thus necessary for studying this disease in preclinical research.
Different experimental protocols with inconsistent outcomes have been reported in the literature.

We have focused on characterizing PH large animal models in a common framework; pulmonary
hemodynamics, right ventricular (RV) function, and histological characterization of PVD. This research
framework allows optimal evaluation of novel diagnostic tools, as well as new therapeutic strategies. The
purpose of this protocol is to describe approaches to create experimental CTEPH models using recurrent
pulmonary embolizations of dextran microspheres in swine. The key features of this experimental modeling
approach are (1) nonsurgical, fully percutaneous techniques, (2) a minimum of four embolization proce-
dures, with 1–2 month time period, (3) mild to moderate PH hemodynamics (mean PA pressure increase
~20–60%), (4) severe pulmonary vascular remodeling, (5) mild RV remodeling, and (6) a high reproduc-
ibility and low mortality (<10%).

Key words Pulmonary hypertension, Pulmonary embolization, Large animal disease models, Vascular
remodeling, Pulmonary vascular disease

1 Introduction

A wide range of approaches have been described to develop animal
models of pulmonary vascular disease (PVD). Clinical heterogene-
ity in patients with pulmonary hypertension (PH) has prompted
development of different techniques to create PHmodels in several
animal species with the objective to recapitulate specific PH/PVD
phenotypes [1]. The appropriate technique for respective research
purpose will depend on the target clinical disease phenotype, based
on the current PH classification [1].

Kiyotake Ishikawa (ed.), Experimental Models of Cardiovascular Diseases: Methods and Protocols, Methods in Molecular Biology,
vol. 1816, https://doi.org/10.1007/978-1-4939-8597-5_28, © Springer Science+Business Media, LLC, part of Springer Nature 2018

353

http://crossmark.crossref.org/dialog/?doi=10.1007/978-1-4939-8597-5_28&domain=pdf


Chronic thromboembolic PH (CTEPH), also known as group
4 PH, typically occurs after an acute pulmonary embolism with an
estimated clinical prevalence of 0.4–9.1% depending on different
clinical series [2]. However, only ~75% of patients presenting
CTEPH suffered prior acute thromboembolic events [3], suggest-
ing a subclinical course in the natural history of CTEPH for reasons
still poorly understood.

In general, acute pulmonary embolism progresses to CTEPH
through incomplete pulmonary clot resolution resulting in clot
organization, fibrotic changes, and chronic attachment to the pul-
monary artery (PA) walls [4]. Therefore major vessel chronic
obstruction is the main hallmark of CTEPH. However, involve-
ment of small vessels or microvascular components has also been
described, and is associated with persistent PH following surgical
removal of the large PA obstructive thrombus (thromboendarter-
ectomy procedure) [2, 4]. Microvascular disease in CTEPH has
been identified as a consequence of small vessel thrombus obstruc-
tion or intrinsic arteriole wall disease occurring distal to both
obstructed and nonobstructed vasculatures [2, 5].

Preclinical research in CTEPH requires well-established animal
models that closely recapitulate the causes and phenotype of the
clinical disease. A wide range of experimental protocols have been
reported in the literature, many of them summarized in a recent
report by our group (Table 3 in [6]). Because thrombus emboliza-
tion model results in unsustained or inconsistent PH due to spon-
taneous thrombus dissolution, a number of variables have been
modified in CTEPH models, including the embolic material (e.g.,
dextran microspheres, ceramic microspheres, air), number of pro-
cedures (e.g., continuous/daily, weekly, biweekly), and the experi-
mental conditions (ventilation and oxygenation levels) during the
assessment of the main functional endpoints [6–12]. Therefore,
reported animal models of CTEPH are characterized by wide pro-
tocol heterogeneity. A common framework to characterize PH
animal models typically includes three main endpoints: (1) func-
tional evaluation of pulmonary hemodynamics, (2) functional
assessment of right ventricular (RV) function, and (3) histological
and molecular characterization of PVD and RV remodeling. In this
regard, large animal models allow comprehensive PH studies using
clinically relevant diagnostic tools, such as right heart catheteriza-
tion and advanced imaging techniques, as well as histology and
molecular level characterization. This research framework allows
for optimal evaluation of novel diagnostic tools, as well as new
therapeutic strategies.

The purpose of this chapter is to describe different approaches
to experimentally model CTEPH using recurrent pulmonary
embolizations of dextran microspheres in swine.

The key features of this experimental modeling approach are
(1) a fully percutaneous technique that avoids surgical injury,
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pulmonary adhesions, and potential infections and mortality
related to thoracotomy procedures, (2) a minimum of four embo-
lization procedures with 1–2 month study time period, depending
on the target disease severity and the observation period or type of
intervention, (3) mild to moderate PH hemodynamics (mean PA
pressure increase ~20–60%), (4) severe pulmonary vascular remo-
deling, (5) mild RV remodeling as a marker of PH, and (6) a high
reproducibility and low mortality (<10%).

2 Materials

2.1 Animal

Preparation

For anesthesia induction and maintenance:

1. Telazol (tiletamine/zolazepam).

2. Propofol.

3. Respirator suitable for swine with adjustable inspiratory oxygen
concentration.

4. ECG and pulse oximetry monitor.

2.2 Functional

Evaluation:

Hemodynamics

and Echocardiography

1. Procedure room equipped with a fluoroscopy system (C-arm).

2. Standard cath pack for sterile percutaneous angiographies
(syringes, towels, bowls, gauze).

3. Sheath introducer 8 French.

4. Swan-Ganz Catheter 7 French.

5. Capnograph.

6. Blood gas analyzer.

7. Pressure transducers.

8. Bupivacaine–HCl 0.5%.

9. Echocardiography machine equipped with broadband sector
array transducer (5–1 MHz frequency range). For volumetric
acquisition, a matrix array probe is necessary.

10. Ultrasound transmission gel.

11. Software for echocardiography images postprocessing. Several
options are available depending on the echo machine manufac-
turer. These software allow 3D and strain analyses.

2.3 Embolization

Model Creation

1. A 4 French coronary catheter with soft tip.

2. 0.035 inch vascular wire.

3. Intravenous iodinated contrast.

4. Dextran microspheres (100–300 μm diameter, coarse Sepha-
dex G-50, Sigma-Aldrich).

5. Sterile silk sutures.
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2.4 Histology

Analysis

1. Embedding medium for frozen tissue specimens (optimal cut-
ting temperature [O.C.T.]).

2. Wheat germ agglutinin (WGA) (conjugated to Oregon Green
488, 10 μg/mL) and phalloidin (conjugated to Alexa fluor
546, 165 nM).

3. Masson’s Trichrome, Elastica Van-Gieson and Picrosirius
staining kits.

3 Methods

3.1 Animal

Preparation

1. Fast the animals overnight.

2. Anesthesia is induced with intramuscular administration of
6.0 mg/kg Telazol. Orotracheal intubation is performed by
trained personnel immediately after the animal is sedated, and
peripheral oxygen saturation and heart rate are continuously
monitored (see Note 1). A peripheral ear vein access is subse-
quently obtained.

3. Use intravenous propofol 8–10 mg/kg/h for hemodynamic
evaluation (see Note 2).

4. Under sterile conditions, obtain a femoral vascular access using
the Seldinger technique. For right heart catheterization with a
7 French Swan-Ganz catheter, place an 8-French sheath in the
femoral vein. As an alternative, the jugular veins can also be
accessed in swine but care must be taken to avoid undesired
carotid artery punctures as a large hematoma around the tra-
chea can result in respiratory failure post-extubation. Guidance
of the percutaneous puncture using vascular echography is
strongly recommended in available laboratories. Since repeated
pulmonary embolization procedures as well as follow up hemo-
dynamic studies are required in all protocols, vascular integrity
should be maintained as much as possible for each procedure.
Echo guidance of the percutaneous vascular punctures will
minimize the number of attempts and prevent vascular injury
problems. Heparin administration at each procedure
(1000 units) will reduce the risk of total occlusion post- femo-
ral vein punctures.

5. Place a Swan-Ganz catheter in the pulmonary artery to monitor
right side hemodynamics during the procedure using fluoro-
scopic guidance (C-arm). Calibrate pressure sensor carefully.
This is particularly important when measuring right side pres-
sures as they are often much lower than left side pressures.
Before measurements are obtained, hemodynamic stability
must be established and the catheter locations should be con-
firmed with X-ray and pressure waves for every measurement.
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3.2 Pulmonary

Embolization

Procedures. Protocol

1: Distal Embolization

Model (See Note 3)

1. Dilute the dextran microspheres in 20 mL saline solution. In
our experience, a key step is to prepare the dilution at least 2 h
prior to injection for allowing the microspheres to swell before
injection (see Note 4).

2. Inject the microspheres in the main PA through the tip lumen
of the Swan-Ganz catheter to achieve even distribution of the
microspheres to both lungs. Inject the diluted microspheres
slowly, and wait a few minutes after half of the dose has been
injected to check hemodynamic changes. If systemic arterial
pressures are stable (systolic arterial pressure >80 mmHg),
resume the injection procedure. The Swan-Ganz catheter
should be placed in the main PA using fluoroscopy guidance
(see Note 5).

3. During injection, continuous pulmonary and systemic hemo-
dynamic monitoring is recommended. Excessive PA pressure
increase and/or drop in systemic pressure suggest a low output
status and further microspheres injection should be avoided.

4. After all microspheres are injected, collect necessary functional
data relevant to the study, and proceed with animal recovery by
first removing the vascular sheath.

5. Repeat embolization procedures are performed weekly. Fol-
lowing the first procedure, bring the animal back for prepara-
tion, anesthesia, vascular access and basal hemodynamics (steps
in Subheading 3.1), and repeat steps 1–4 in Subheading 3.2
(see Note 6).

3.3 Pulmonary

Embolization

Procedures. Protocol

2: Distal Embolization

þ Proximal Coiling

(See Note 7)

1. Prepare the embolization and coiling materials: (a) dilute the
dextran microspheres in 20 mL saline solution, as in Protocol
1; (b) cut sterile silk sutures into 3 cm length, and keep them
dry for easier handling in subsequent steps.

2. Using fluoroscopy guidance, advance the Swan-Ganz catheter
into the left PA, and inflate the balloon at the tip to completely
occlude the blood flow into the left PA (Fig. 1). This is to
prevent microsphere spilling to right PA as embolization causes
retrograde flow during the RV diastole. Slowly inject diluted
microspheres during 1 min. Deflate the balloon, and remove
Swan-Ganz catheter (see Note 8).

3. Following microsphere delivery into the left PA, advance a 5 Fr
coronary catheter with flexible tip to the left PA branch using a
0.035 inch wire. Inject contrast and confirm the catheter tip
location. Carefully advance the catheter into smaller PA
branches for coiling, as shown in Fig. 2.

4. To deliver 3 cm silk sutures, remove the wire and fill the
catheter with contrast. This slows the backflow inside the cath-
eter due to high viscosity of the contrast and makes it easier to
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Fig. 1 Scheme showing the balloon tipped catheter (Swan-Ganz) position for Protocol 2 Embolization
procedure (A). Using femoral or jugular vein access, the catheter is advanced through the right heart cavities
into the main PA and positioned in the left PA, before the takeoff of the first (upper) branches. The balloon is
inflated to stop the antegrade flow. Right upper branch may take off closer to the main bifurcation and
separate injection may be necessary for animals with difficulty in occluding the right PA. In panel B, PA
angiography shows the right and left PA branching distribution in a pig from an anteroposterior fluoroscopy
projection. Abbreviations: SVC Superior vena cava, IVC Inferior vena cava, PA Pulmonary artery, RV Right
ventricle, LV Left ventricle

Fig. 2 Scheme showing the coronary catheter position for Protocol 2 coil embolization procedure (A). After
distal embolization, the catheter is advanced into the left PA, and secondary branches are identified using
contrast injection. Once the catheter tip is stable at the proximal of the target branch, the silk suture “coils”
are delivered. In panel B, lower right PA angiography shows flow obstructions in several branches following
silk suture delivery. Abbreviations: see Fig. 1



insert sutures into the catheter (seeNote 9). Insert a silk suture
to the proximal end of the catheter, and flush the catheter with
normal saline. This maneuver needs to be performed quickly so
that the silk suture does not get stuck in the catheter due to its
swelling (see Note 10). Following delivery, contrast can be
injected to check the site of the vascular occlusion, and its
effects on the regional pulmonary flow (Fig. 3).

5. Repeat steps 3 and 4 in Subheading 3.3 at several branches of
the left PA: PA branches for the upper, mid and lower lobes. In
the pig lung, upper lobes are small and the lower lobes are
typically dominant. At least 2/3 of all prepared silk sutures will
be delivered in lower lobe branches of the PA. Typically 20 of
3 cm silk sutures can be injected in each procedure.

6. One week later, bring the animal back and repeat animal prep-
aration, vascular access and basal hemodynamic steps. Repeat
steps 2–5 in Subheading 3.3 in the right PA (see Note 11).

3.4 Functional

Evaluation of RV

Performance

(See Note 12)

Transthoracic echocardiography can be used for noninvasively
imaging RV function. It is easy to perform at the animal facility
whenever the equipment is available. The following protocol for
image acquisition is recommended:

1. Under general anesthesia, as described in Subheading 3.1.
“Animal preparation” section, place the animal on right lateral
recumbency.

2. Place ECG electrodes in upper and lower limbs. Carefully
check that the ECG signal is optimal as most images will be
acquired using ECG gating.

Fig. 3 Angiograms of the right lower pulmonary artery, before (A) and after (B)
branch occlusions using silk sutures
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3. Stop the ventilator to induce brief apnea for acquiring echo
videos. This is particularly important in gated acquisitions that
require several beats (as for full-volume 3D clips).

4. For apical views, place the echocardiography probe in the sub-
xiphoid position while the animal lays in right lateral recum-
bency. Modified apical views focusing on the RVare optimal for
2D and 3D acquisitions.

5. For parasternal long and short axis views, place the echocardi-
ography probe below the upper right limb, while the animal is
in left lateral recumbency.

6. The main acquisition modes and derived echocardiography
parameters are summarized in Table 1.

7. Export DICOM files to a workstation (if available) for off-line
analyses to obtain advanced quantitative parameters of RV
dimensions and performance. For both 3D volumetric quanti-
fication and 2D strain analyses, image quality and endocardial
border detection are key to obtain reproducible results.

3.5 Longitudinal

In Vivo Model

Evaluation of PH

We consider that there are two key factors that determine the
phenotype of PVD/PH animal models by acute/recurrent embo-
lizations: (1) time elapsed since the last embolization procedure,
and (2) experimental conditions for right heart catheterization in
anesthesized animals (anesthesia protocol and ventilation para-
meters) (see Note 12).

1. For final functional measurements and PVD assessment, allow
at least 2 weeks since the last embolization procedure, to
prevent overestimation of PH severity (this may be adjusted
according to the purposes of each study).

2. Obtain serial pulmonary hemodynamic data (at least at the
baseline and at the final follow up time point) under identical
experimental conditions.

3. Conduct serial RV performance studies using several para-
meters to monitor chronic changes in cardiac chamber remo-
deling and functional impairment in response to sustained
increased afterload.

4. For embolization Protocols 1 and 2, we have described serial
functional data [6] according to the study timelines shown in
Fig. 4.

3.6 Macroscopic

Findings and Histology

Analysis

1. At the final follow up time point, after all in vivo measurements
have been performed, proceed to animal necropsy according to
the animal procedure protocol. At lung explantation, obvious
vessel occlusion with microspheres and silk sutures can be
macroscopically found depending on the protocols of emboli-
zation (Fig. 5).
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2. Following tissue fixation and sectioning, perform lung tissue
staining with different kits (Masson’s trichrome, elastic Van
Gieson) to detect vascular remodeling and fibrosis (Fig. 6, see
Note 13).

3. Right ventricular myocardial tissue specific staining allows eval-
uation of cardiomyocyte hypertrophy by cross-sectional area
(wheat germ agglutinin costained with phalloidin). Stain with
Masson’s trichrome or Picrosirius to quantify myocardial
fibrosis.

Table 1
Echocardiography imaging protocol for pulmonary hypertension models in swine

Acquisition mode Parameters

Left subcostal acoustic window

2D clip LV volumes and ejection fraction (usually from LV four
chamber view)

PW Doppler on LVOT LVOT VTI (stroke volume estimation)

PW Doppler on mitral valve tips LV diastolic function

DTI PW Doppler on mitral annulus (septal
and lateral)

LV diastolic function

Color Doppler of aortic and mitral valve Presence of valve regurgitation

3D LV LV volumes

RV focused:
– 2D clip
– M-mode of tricuspid annulus motion.
– DTI PW Doppler of lateral tricuspid

annulus
– PW Doppler at the RV inflow
– Color Doppler on tricuspid valve
– CW Doppler on TR jet
– 3D from RV

RV function parameters:
– Fractional area change (%).
– RV longitudinal strain curves (see Fig. 4)
– TAPSE (mm).
– Systolic wave velocity (s0, cm/s)
– RV Tei index.
– Presence/severity of tricuspid regurgitation (TR).
– Peak TR velocity (systolic RV pressure estimation).
– 3D RV volumes.

Right parasternal acoustic window

2D clip LV function (short axis views), septal shift in pressure
overload.

M Mode RV wall thickness, RV diameter

Color Doppler on tricuspid valve Presence/severity of tricuspid regurgitation.

CW Doppler on TR jet Peak TR velocity (systolic RV pressure estimation)

PW Doppler on RVOT RVOT flow VTI, PA flow acceleration time

CW Continuous wave (Doppler), LV Left ventricle, LVOT LV outflow tract, PA Pulmonary artery, PW Pulsed wave

(Doppler), RV Right ventricle,RVOT RVoutflow tract, TAPSE Tricuspid annular plane systolic excursion, TR Tricuspid

regurgitation, VTI Velocity-time integral from the spectral Doppler signal

Chronic Pulmonary Embolization Models 361



4 Notes

1. In animals with moderate to severe PH, hypoxia can signifi-
cantly worsen the hemodynamics and animals can easily die
from brief hypoxia periods. Oxygen should be supplied contin-
uously during the preparation, and rapid intubation and imme-
diate ventilation is necessary to prevent prolonged hypoxemia
that may influence the stability of the hemodynamic evaluation.

Fig. 4 Study timelines for embolization Protocols 1 and 2. Repeated acute
embolization procedures are performed weekly to induce chronic PH. Recovery
time period of 2–4 weeks after last injection is recommended before final
functional measurements for chronic studies. Abbreviations: RHC Right heart
catheterization

Fig. 5 Macroscopic necropsy examination shows vessel occlusion by micro-
spheres (A) and silk sutures (B)
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2. Certain anesthetic agents, including inhalational agents such as
isoflurane (frequently used in experimental animal procedures)
may exert vasodilatory effects that may result in underestima-
tion of the pulmonary hemodynamics of the PH model.

3. In this protocol, only the distal vasculatures are targeted by PA
injection of dextran microspheres. The dose is adjusted to the
animal weight; however, the optimal dose depends on the
animal species and strain. In our experience, a dose of
20 mg/kg of dextran microspheres in each procedure was
well tolerated but induced severe acute PH in juvenile York-
shire swine.

4. In some cases, we observed that direct dextran microspheres
injection without prior swelling induced late-onset (2–4 h)
severe respiratory distress resulting in high acute mortality.
Other reports in sheep suggested use of nonsteroidal anti-
inflammatory drugs to prevent or diminish the respiratory
distress response [9].

5. In other protocols, microsphere injection is performed in the
right atrium or from more periphery. Injection in the right

Fig. 6 Histology analysis in pulmonary embolization models. Masson’s trichrome staining allows assessment
of vascular remodeling including microsphere vessel occlusion and fibrosis in diseased animals (B, C and D)
as compared to controls (A)
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atrium may lead to a less accurate dosing associated with an
entrapment in the RV, or uneven bilateral distribution.

6. The number and interval of the repeat embolization proce-
dures will depend on the animal species and strain, as well as
the target spectrum of the disease. In our scheme, we per-
formed up to six embolization procedures allowing 1 week
for animal recovery between each injection.

7. This protocol induces smaller increases in PA pressure during
the acute embolization procedures, and in most cases without
acute RV failure. Despite milder hemodynamic changes in the
acute phase compared to the protocol 1 (distal embolization
protocol), in the longer term, PA pressure is significantly ele-
vated although partial recovery is observed after 1 week recov-
ery period. Functional analysis of RV shows moderate, but
significant signs of remodeling. In this protocol, distal and
proximal PA vessels are sequentially targeted by local injection
of dextran microspheres and local coiling (Emboþcoiling). As
in protocol 1, microsphere dose needs to be adjusted to the
animal weight depending the animal species and breed. We
used a dose of 20 mg/kg of dextran microspheres that were
well tolerated and induced severe acute PH in the juvenile
Yorkshire swine. In protocol 2, each Emboþcoiling procedure
is performed in only one lung for each procedure, alternating
left and right with a weekly interval. The purpose of this is to
improve hemodynamic tolerance and to minimize risk of acute
decompensated RV failure.

8. After the first procedure, occlusion of the PA branch some-
times increases the PA pressure significantly and reduces cardiac
output. As a result, heart rate will increase. Careful monitoring
of the hemodynamics is necessary to avoid sustained low car-
diac output status.

9. For the delivery of silk suture pieces, 5Fr coronary catheters are
the best option, as larger catheters have greater backflow and
make silk insertion more difficult, whereas silk pieces get stuck
in the lumen of smaller catheters (4 Fr or smaller).

10. If the sutures get stuck inside the catheter, push the suture out
by using 0.035 inch wire. If it cannot be pushed out, pull out
the catheter and flush it outside, then place the catheter back
into the PA branches.

11. In this procedure, at least four procedures are recommended
(2 Emboþcoiling procedures in right and left PA, respectively)
with a recovery interval of 1 week, although this will depend on
the animal species and breed as well as the target spectrum of
disease. In our scheme, we performed up to six embolization
procedures allowing 1 week for animal recovery between each
of them.

364 Jaume Aguero et al.



12. Appropriate ventilation parameters are set depending on the
investigators’ needs. The following parameters provide stable
and reproducible conditions under general anesthesia in our
experience: oxygen inspiratory fraction 40%, 10 mL/kg tidal
volume at 15 respirations per minute to maintain an end-tidal
CO2 between 35 and 45 mmHg as determined by capnogra-
phy. A blood gas analyzer provides a detailed blood gas profile
that can be particularly informative in diseased animals. Cardiac
output is determined by thermodilution.

As mentioned above, some anesthesia drugs such as iso-
flurane have vasodilatory effects and can mask mild
PH. Regarding the degree of PH, note that given the low PA
pressure values in healthy animals under laboratory conditions
(mean PA pressure ~15 mmHg), a mild increase of 5 mmHg
results in a relative pressure rise of 33%. For this reason, all
hemodynamic measurements require a very careful control of
experimental conditions in order to consistently evaluate the
“effect size” of the model creation, as well as the potential
effects of novel therapies under investigation.

13. Occluded vessels with embolization material can be readily
identified upon lung explant. Extensive vascular remodeling,
including inflammatory infiltrates and occlusive vascular lesions
are frequently found in the histology analyses.
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Chapter 29

Modeling Pulmonary Hypertension: A Pig Model
of Postcapillary Pulmonary Hypertension

Olympia Bikou, Kiyotake Ishikawa, Kenneth M. Fish,
Iratxe Zarragoikoetxea, Roger J. Hajjar, and Jaume Aguero

Abstract

Pulmonary hypertension (PH) is a pathophysiological condition defined as an increase in mean pulmonary
arterial pressure �25 mmHg at rest assessed by right heart catheterization.

Based on hemodynamic criteria, precapillary PH is characterized by a mean pulmonary capillary wedge
pressure �15 mmHg as opposed to the postcapillary PH by >15 mmHg. Postcapillary PH is one of the
most common forms of PH, often caused by left ventricular dysfunction and heart failure.

In this chapter, we describe protocols for creating a large animal model of postcapillary PH. It is
induced by open chest surgery (lateral thoracotomy) to band the pulmonary veins. The model is character-
ized by low mortality, relatively easy surgical procedure with well reproducible results, and pulmonary and
cardiac remodeling at the structural, functional, and molecular levels. The presence of right ventricular
(RV) remodeling is of significant importance since right heart failure is the main cause of death in patients
suffering from PH. One of the advantages of the model described in this chapter is that both adaptive and
maladaptive forms of RV remodeling can be observed during the progression of the disease. This can help
understand the progressive pathophysiology of RV failure in humans. Besides the description of the model,
a detailed guidance of the RV functional assessment in pigs for both invasive (heart catheterization) and
noninvasive (echocardiography) approaches is provided.

Key words Pulmonary hypertension, Animal model, Large animal, Postcapillary pulmonary hyper-
tension, Right heart failure, Right heart echocardiography

1 Introduction

The current Guidelines of the European Society of Cardiology and
the European Respiratory Society characterize pulmonary hyper-
tension (PH) as a hemodynamic and pathophysiological condition
defined as an increase in mean pulmonary arterial pressure (mPAP)
�25 mmHg at rest assessed by right heart catheterization [1].

1.1 Classification There is a broad spectrum of clinical conditions leading to PH. In
order to organize different phenotypes of PH and to improve
diagnosis, understanding and therapies, several classification
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systems have been introduced. In the current clinical classification
of PH by World Health Organization, five different groups are
proposed. PH phenotypes are grouped together based on simila-
rities in clinical presentation, pathological findings, hemodynamic
characteristics and treatment strategies [1, 2]. The histopathologi-
cal differences reflect various different pathogenesis, which provide
clues for understanding PH and consequently developing new
therapies [3].

Importantly, changes in the vascular pressure, vascular resis-
tance, and vascular blood flow pattern lead to microscopical and
macroscopical changes that can trigger and perpetuate PH
[4]. From this standpoint, the need for a hemodynamic classification
of PH has emerged. Various combinations of hemodynamic para-
meters including pulmonary capillary wedge pressure (PCWP),
pulmonary vascular resistance (PVR) and cardiac output (CO) are
taken into consideration for this categorization (Table 1) [1, 5]. Of
extraordinary importance is the measurement of the PCWP. This
parameter allows distinction between precapillary (PCWP
�15 mmHg) and postcapillary PH (PCWP >15 mmHg) [1, 5] in
clinics. This distinction is important, since they differ in etiology,
prognosis, and response to treatments [3] (Table 1).

Precapillary PH describes the hemodynamic condition of sev-
eral PH phenotypes, such as idiopathic PH, PH due to lung dis-
eases or chronic thromboembolic PH. Postcapillary PH is

Table 1
Hemodynamic classifications of pulmonary hypertension [1]

Definition
Hemodynamic
characteristics Clinical group

PH mPAP �25 mmHg All

Precapillary PH mPAP �25 mmHg
PCWP �15 mmHg

1. Pulmonary arterial hypertension
3. PH due to lung diseases
4. Chronic thromboembolic PH
5. PH with unclear and/or
multifactorial mechanisms

Postcapillary PH mPAP �25 mmHg
PCWP >15 mmHg

2. PH due to left heart disease
5. PH with unclear and/or
multifactorial mechanisms

Isolated postcapillary PH (Ipc-PH) DPG <7 mmHg
and/or

PVR �3 WU

Combined postcapillary and
precapillary PH (Cpc-PH)

DPG �7 mmHg
and/or

PVR >3 WU

PH Pulmonary hypertension, DPG Diastolic pressure gradient (diastolic PAP � mean PCWP), mPAP Mean pulmonary

arterial pressure, PCWP Pulmonary capillary wedge pressure, PVR Pulmonary vascular resistance, WU Wood units
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predominantly caused by systolic or diastolic left heart dysfunction.
Other causes include congenital heart disease, veno-occlusive PH,
and PH due to iatrogenic pulmonary vein stenosis (atrial fibrillation
ablation procedures or lung transplantation). Elevated pressures in
the left heart chambers result in elevated pressures in the pulmo-
nary vascular system. Continuously elevated pulmonary pressure
induces remodeling of the pulmonary vessels, leading to PH
[6]. Postcapillary PH is undoubtedly one of the most common
forms of PH, associated with high morbidity and mortality [5].

1.2 PH and the Right

Ventricle (RV)

Regardless of the pathogenesis of PH and the vascular remodeling,
right heart failure is the main cause of death in PH patients
[7, 8]. Increased afterload forces the RV to adapt to it using a
cascade of autocrine, paracrine, and neuroendocrine signaling as
well as metabolic, molecular, inflammatory, and cellular remodel-
ing. This initial adaptive response converts to a maladaptive RV
dysfunction when PH persists. The mechanisms underlying this
conversion are poorly understood, despite its importance in deter-
mining prognosis of PH patients [9]. To date, right heart failure
specific pharmacotherapy has not been successfully developed in
PH, in contrast to those for the left ventricle (LV) [8–10]. Evidently
the elucidation of the molecular mechanisms that lead to
RV-maladaption is essential for development of new therapies.

1.3 The Need

for Clinically Relevant

PH Model

Despite the major advances in the therapeutic strategies for PH, the
mortality rate remains high and the functional and hemodynamic
parameters are essentially unchanged in many patients [8, 11]. This
points out that essential molecular pathways have either not been
identified or not therapeutically targeted yet. Animal models can
help discover the central pathophysiology of PH. Considering the
diversity and complexity of clinical PH presentation, it is apparent
that we need more than one model to mimic PH associated dis-
eases. Several animal models have served over the last decades to
reveal the pathogenetic mechanisms of PH. The interested reader is
referred to existing reviews on this topic [3, 12, 13].

1.4 What Do We

Want to Model? What

Is the Clinical

Correlate?

In this chapter, we describe a large animal (pig) model of
postcapillary PH.

Why postcapillary PH?
As pointed out above, postcapillary PH is one of the most

common causes of PH [5, 14]. It is often associated with left heart
failure, both with preserved and reduced ejection fraction [7]. The
current guidelines do not support the use of therapies targeting
pulmonary arterial hypertension in patients with heart failure with
preserved ejection fraction accompanying PH [7]. Moreover, treat-
ment of RV failure using pharmacotherapy for LV failure related
PH has been largely unsuccessful. Not least the reason for the latter
is that the mechanisms underlying in postcapillary PH are poorly
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elucidated. Reproducible models of post capillary PH is needed to
improve our understandings in disease mechanisms and to develop
new therapies for this type of PH.

What do we need to model?
An animal model should recapitulate the clinical postcapillary

PH condition. Ideally, the hemodynamic parameters and the
macroscopical as well as microscopical vascular remodeling should
imitate the postcapillary PH observed in humans. Moreover, a right
heart pathophysiological adaption should be involved. The pig
model described in this chapter meets these requirements. It is
induced by open chest surgery (lateral thoracotomy) to band the
pulmonary veins, which drain majority of the pulmonary blood
flow into the left atrium (Fig. 1).

What are the advantages of this model?
Up to date, this is the only large animal model resembling the

typical features of chronic postcapillary PH for both pulmonary
vascular remodeling as well as right heart failure. Further, in this
model, both adaptive and maladaptive RV responses to postcapil-
lary PH can be observed [15], during the progression of the
disease. This suggests that the model could pave the way for under-
standing the variable conditions of RV failure in humans [16]. Addi-
tionally, the model is characterized by low mortality and relatively
easy surgical procedure with well reproducible results.

RSPV

LA

RIPV

LIPV

LSPV

Fig. 1 Schematic representation of the anatomy of the pulmonary veins in swine.
Superior pulmonary veins drain into the left atrium (LA) in separate ostia,
whereas the inferior veins drain through a common ostium. To create the
postcapillary PH model, both the left superior vein (LSPV) and the common
inferior vein are banded (thick arrows). RSPV Right superior pulmonary vein, RIPV
Right inferior pulmonary vein, LSPV Left superior pulmonary vein, LIPV Left
inferior pulmonary vein, LA Left atrium. Arrows indicate the topography of the
pulmonary veins. Red indicates the banding position
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2 Materials

2.1 Reagents

and Equipment

1. Syringes and needles.

2. Peripheral i.v. catheter, 22 G.

3. Laryngoscope and endotracheal tube.

4. Veterinary anesthesia ventilator, suitable for large animals.

5. Anesthesia syringe pump.

6. Vital and hemodynamic monitors.

7. Capnograph.

8. Ultrasound system for cardiology equipped with ultrasound
transducer for adult cardiac exam (5–2 MHz).

9. 70% isopropyl alcohol and povidone–iodine.

10. Heating pad.

11. Sterile drapes.

12. Gauzes.

13. Standard surgical tools: Scissors, forceps, scalpel, needle
holder, retractor, electric cautery.

14. Sutures: bioabsorbable and nylon sutures.

15. Cotton umbilical tape 1/800 � 1800.

16. Silicone thoracic drain 22 Fr.

17. Transparent medical dressing.

18. Procedure room equipped with a fluoroscopy system (C-arm).

19. Standard cath pack for sterile percutaneous angiographies:
syringes, towels, bowls, gauze.

20. Sheath introducer 7–8 French.

21. Swan-Ganz Catheter 7 French.

22. Blood gas analyzer.

23. Conductance micromanometer catheter for large animals
(7 French).

24. Software Interface for pressure–volume signal data acquisition,
calibration, and analysis.

25. Fogarty balloon catheter for inferior vena cava occlusions.

2.2 Drugs

(Recommended Dose)

1. Telazol (tiletamine/zolazepam), (6.0–8.0 mg/kg).

2. Buprenorphine (0.6 mg).

3. Propofol (8–10 mg/kg/h).

4. Isoflurane (2–3%).

5. Local anesthetics.

6. Fentanyl transdermal patch, 25–50 μg/h.
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7. Cefazolin (25 mg/kg).

8. Antibiotic ointment.

9. Furosemide.

10. Sodium chloride 0.9%.

3 Methods

The procedures described below have been set up in a swine model
(10–20 kg) (see Note 1).

3.1 Animal

Preparation

1. Fast the animal overnight. Provide free access to water.

2. Induce anesthesia by intramuscular administration of Telazol.

3. Transfer the animal to the preparation table and apply oxygen.

4. Monitor peripheral oxygen saturation and heart rate
continuously.

5. Intubate the pig [17] (see Note 2)

6. Connect the animal to a ventilator. End-respiratory CO2 mea-
surement is recommended to adjust the tidal volume and ven-
tilation rate (see Note 3)

7. Clean the ear as needed, and place an i.v. angiocatheter in the
posterior auricular vein.

8. Clean and shave the left part of the thorax.

9. Administer intramuscular prophylactic antibiotics (Cefazolin,
25 mg/kg).

10. Apply preprocedural analgesics (e.g., buprenorphine, 0.03 mg/
kg). Buprenorphine at higher dose is effective for 8–12 h and is
therefore the preferred preprocedural pain medication.

11. Transfer the animal to the surgical suite.

12. Maintain anesthesia using propofol i.v.: if the animals are
recovering from the sedation, initially administer a bolus of
3 mg/kg, then continue with 8–10 mg/kg/h (see Note 4).

13. Pulse oxymetry, ECG, heart rate and blood pressure should be
continuously monitored throughout the procedure, including
during anesthesia induction, maintenance and recovery.

14. Start intravenous saline infusion (BW (kg) � 5–10 mL) to
correct dehydration from overnight fasting (see Note 5).

15. Position the pig on the right lateral decubitus, left side
up. Place an electric cautery patch on the right side of the
pig. Then tie and pull the forelegs toward head direction.

16. Clean the surgical area with alcohol and disinfect with
povidone–iodine
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3.2 Surgical

Technique

Before starting the surgical procedure it is essential to be familiar
with the anatomy of the pig heart as well as variations of the
pulmonary veins. In pigs, there are commonly three vein ostia in
the left atrium. Right superior pulmonary vein is draining blood
from the right superior and middle lobes of the lung. Left superior
pulmonary vein drains blood from the left superior lobe, and the
common inferior pulmonary vein drains the blood from both sides
of the inferior lobes [18]. The pulmonary veins that are banded in
this model are the left superior and the common inferior pulmonary
veins. Figure 1 displays the topography of the pig pulmonary veins
as well as the banding sites.

1. Cover the pig with a large sterile drape and prepare surgical
instruments. Use sterile techniques for all the surgical proce-
dures. Ensure that the animal has an appropriate level of anes-
thesia before surgical incision (see Note 4).

2. Apply local anesthesia before performing the incision. Allow a
few minutes for the drug to act.

3. The incision is carried out on the fifth intercostal space (see
Note 6). The length of the incision depends on the size of the
pig. Six centimeter is the length usually made in our proce-
dures for a pig weighing 10–15 Kg.

4. Using electric cautery, dissect the muscle layers carefully.

5. Puncture the pleura using dull forceps during expiration to
allow entry to the chest cavity. Widen the hole by manually
dissecting the intercostal space along the ribs to open the chest
(see Note 7). Displace the lung dorsally, and squeeze the lung
with wet gauze as needed to obtain a good surgical window.

6. Identify left superior pulmonary vein. Make a small incision on
the membrane surrounding the pulmonary vein and dissect it
carefully using an angled forceps. Place an umbilical tape
around the vein. The anatomic correlation to this is shown in
Fig. 1 (see Note 8)

7. Adjust the surgical window to obtain a good view of the left
atrium—common inferior pulmonary vein connection area.
Carefully dissect the membrane using fine scissors and isolate
common inferior pulmonary vein using blunt forceps. Place an
umbilical tape around the vein (see Notes 9 and 10)

8. Place a fixed diameter plastic tube on top of the isolated com-
mon inferior vein and band the vein and the tube together with
the umbilical tape. Remove the tube and check the size of the
banded vein (Fig. 2a shows schematically how the band is
placed around the reference tube to narrow the vein lumen).
Do the same procedure on the left superior vein and shorten
the umbilical tape (see Note 11).
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9. Monitor the ECG and the heart rate. If the animal remains
stable, chest can be closed (seeNote 12). Create a small incision
in the caudal side of the surgical site and make a small tunnel
through sixth intercostal space. Place a drain tube through the
tunnel for air removal after closing the surgical area.

10. Remove gauze on the lung and inflate the lung by giving an
appropriate inhalation pressure.

11. Chest closure should be done in layers. Use bioabsorbable
sutures for inside the body and nonabsorbable sutures for
skin. Remove air by giving negative pressure to the drain
tube. Close the wound. Clean the surgical site, place antibiotic
ointment and cover with gauze.

12. Turn off isoflurane and recover the animal. Care must be taken
to assess the recovery of spontaneous breathing for mechanical
ventilation weaning and timely extubation. Keep the animal
warm on heating pad.

13. Inject furosemide 4 mg/kg mg i.v. during recovery to prevent
acute pulmonary congestion (see Note 13).

Fig. 2 Schematic illustration of the surgical procedure of pulmonary vein banding and echocardiographic
evaluation. In A, the image depicts schematically how the band is placed around the reference tube to narrow
the vein lumen, and the final effect after the plastic tube removal. In B and C, the effect of vein banding is
confirmed by an increase in pulmonary vein velocities and mean gradient during systole and diastole (peak
velocities increase from 40 to 60 cm/s to >150 cm/s, and mean gradient raises from 1 to 15 mmHg, on
average)
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14. Administer antibiotics twice daily for 5 days after thoracotomy.
Attach a fentanyl patch to the skin behind the ear for analgesia.
Fixate if necessary. Check daily for signs of pain and symptoms
of the animal. These may include but not limited to abnormal
gait or posture, changes in appearance, reluctance to move,
decreased appetite, escape, avoidance, and abnormal vocaliza-
tion [19, 20]. Adapt the pain medication as needed.

3.3

Echocardiographic

Functional

Assessment of the PH

Model

Assessment of RV remodeling and performance parameters, as well
as invasive pulmonary hemodynamics, is the key to characterize
chronic RV changes in response to sustained increased afterload.

Always perform baseline (before model creation) and follow up
measurements to evaluate serial changes in individual animals.

1. Before starting the echocardiographic study, stabilize vital para-
meters (heart rate, oxygen saturation and anesthesia depth).
Image acquisition is optimized using brief period of breath
holds (<5 s) in particular for avoiding stitching artifacts in
the 3D volume datasets that are obtained from consecutive
beats (see Note 14).

2. Echocardiographic images will be obtained in the apical and in
the parasternal views. For apical and left parasternal views, place
the animal on right lateral recumbency. For right parasternal
views, place the animal on left lateral recumbency. Table 2
summarizes the main echocardiographic views in the swine
model, with focus on the relevant structures in PH models in
each view.

3. Obtain pulmonary venous flow measurements in the left para-
sternal view (third or fourth intercostal space) during short
breath holds. Display the pulmonary veins and apply color
Doppler. Accelerated flow can be recognized as a scattered
color after the pulmonary vein banding. Apply pulse-wave
(PW) Doppler and adjust the scale for measuring the pulmo-
nary venous flow. In Fig. 2B, C, the effect of vein banding is
confirmed by an increase in pulmonary vein velocities and mean
gradient during both systole and diastole.

4. Use apical approach to obtain RV longitudinal view and tricus-
pid annular plane systolic excursion (TAPSE). In pigs, apical
approach provides five-chamber view with RV free wall delin-
eation. Careful attention should be paid to image RV free-wall
throughout the cycle, as it moves significantly in longitudinal
direction. Frame rate should be adjusted to increase the image
quality as much as possible while including all the RV myocar-
dium and the tricuspid valve. Figure 3A, B shows apical RV
focused imaging of normal (A) and dilated RV in the PHmodel
(B). Postprocessing of these 2D images provides additional
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quantitative parameters of RV performance (i.e., 2D longitudi-
nal strain, Fig. 3C, D).

5. Quantitative assessment of tricuspid regurgitation, and trans-
tricuspid flow velocities can be obtained with PW, color, and
continuous-wave (CW) Doppler configurations (see Note 14).

6. Apply tissue Doppler on RV free-wall. Use fast sweep speed to
obtain higher temporal resolution. Color Doppler should be
applied to evaluate the presence of tricuspid regurgitation,
followed by CW Doppler to measure the velocity if there is
any. PW Doppler is applied on the RV inflow just proximal to
the tricuspid valve to evaluate the inflow velocities.

7. Obtain 3DE images from the apex using 3D probe. Increase
frame rate to obtain best available images with a focus placed on
the RV. Use multiple loops to construct 3DE images depend-
ing on the availability of echocardiography machine function.
Figure 3E, F show examples of normal and dilated RV in
healthy and diseased PH animals.

8. In left lateral recumbency (right parasternal view, from third
intercostal space), RV can be monitored just below the ribs.
Apply M-mode and obtain clear images of RV free wall thick-
ness throughout the cycle. Rotate the probe and obtain short
axis views of the heart. Dilated RV and septal flattening can be

Table 2
Image acquisition and parameter analysis in right heart echocardiography in pigs

Probe
position Imaging mode Parameters

Left
parasternal

PW Doppler (pulmonary
vein)

Pulmonary vein flow

Left subcostal 2D (RV inflow focused) – Fractional area change (%).
– RV longitudinal strain (postprocessing required)
– 3D volumes and ejection fraction (postprocessing

required)
M-Mode (lateral
tricuspid annulus)

TAPSE

Tissue Doppler (lateral
tricuspid annulus)

– Systolic wave velocity (s0, cm/s)
– RV Tei index.

Color and CW Doppler
(tricuspid valve)

Grade of tricuspid regurgitation and peak systolic gradient
(pulmonary artery pressure estimation)

Right
parasternal

2D (LV short axis, focus
on septum)

LV function, septal shift in pressure overload
RV wall thickness, RV diameter, RV/LV ratio

Color and PW Doppler
on RVOT

RVOT flow VTI, PA flow acceleration time, pulmonary
regurgitation

PW Pulsed wave, 2D Two-dimensional, RV Right ventricle, 3D three-dimensional, TAPSE Tricuspid annular plane

systolic excursion, LV Left ventricle, RVOT Right ventricular outflow tract, VTI Velocity time integral
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observed in the advanced PH pigs. Figure 4 shows flattening
and leftward septal shift in progressive PH.

9. Rotate the probe (clockwise from short axis view) and delineate
tricuspid valve. Apply color Doppler and evaluate the presence of
tricuspid regurgitation.When the regurgitation flow is eccentric,
this view provides more accurate TR flow velocity by enabling
more linear alignment of the flow and the Doppler axis.

10. Rotate the probe (clockwise from tricuspid view) and delineate
the pulmonic valve. Apply color Doppler and evaluate the
presence of pulmonic valve regurgitation. Apply pulse-wave
Doppler on the proximal pulmonary artery and obtain pulmo-
nary arterial flow. Increase the sweep speed for measuring the
pulmonary arterial acceleration time.

Fig. 3 Echocardiographic imaging of the RV in swine PH models. RV dimensions are assessed in apical RV
focused 2D views (A, healthy, B diseased), that can be further postprocessed with specific software to derive
quantitative strain parameters (arrows show peak longitudinal strain values in healthy (C), and PH model (D)).
In the same apical view, 3D echocardiography of RV chamber provides volumetric information from control (E)
and PH animals (F). Abbreviations: RV Right ventricle, RA Right atrium
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3.4 Hemodynamic

Assessment of the RV,

Right Heart

Catheterization

1. Obtain serial pulmonary hemodynamic data (at least at the
baseline and at the final follow up time point) under identical
experimental conditions.

2. For right heart catheterization, a femoral vascular access is
obtained under sterile conditions using the Seldinger tech-
nique. For right heart catheterization with a 7 French Swan-
Ganz catheter, a 7–8-Fr sheath is placed in the femoral vein. As
an alternative, the jugular veins can also be accessed in swine
but care must be taken to avoid undesired carotid artery
punctures.

3. Position the Swan-Ganz catheter in the pulmonary artery to
obtain right side hemodynamics using fluoroscopic guidance.
Calibrate pressure sensor carefully. Hemodynamic stability
must be obtained and the catheter locations should be con-
firmed for every measurement.

4. Obtain the main hemodynamic parameters for PH assessment:
right atrial (RA) pressure, systolic, diastolic, and mean pres-
sures of the PA, PCWP from right and left lungs (seeNote 15).

5. Measure cardiac output (CO) using the thermodilution
method. Pulmonary vascular resistance (PVR) is calculated as
(mean PA - PCWP)/CO.

3.5 Histological

Analysis of the Lung

and RV Tissue

1. At the final follow up time point, after all in vivo measurements
have been performed, euthanize the animal under deep anes-
thesia and proceed with animal necropsy according to the
animal procedure protocol.

2. Following tissue fixation and sectioning, perform lung tissue
staining with different kits (Masson’s trichrome, elastic Van Gie-
son) to detect vascular remodeling and fibrosis (seeNote 16).

Fig. 4 In short axis views, septal shape (orange line overlay) can be assessed as a qualitative signs of
PH. Images depict normal septal position at the end-systolic frame in a control animal (A), and progressive
leftward-shift in the PH model (B and C). Abbreviations: RV Right ventricle, * identifies the left ventricular
lumen
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3. Right ventricular myocardial tissue specific staining allow for
cardiomyocyte hypertrophy by cross-sectional area (wheat
germ agglutinin costained with phalloidin). Stain with Mas-
son’s trichrome or Picrosirius to quantify myocardial fibrosis.

4 Notes

1. In our experience, same degree of pulmonary vein stenosis in
Yorkshire pigs and Yucatan mini pigs resulted in different out-
comes. In specific, Yucatan mini pigs were much less tolerant to
pulmonary hypertension compared to Yorkshire pigs and
developed symptoms earlier. Therefore, strain difference
should be taken into account when designing a study.

2. Pigs are difficult to intubate. Improper intubation can lead to
trauma (laryngeal rupture, tube in the subcutaneous space).
Before intubation the animal should be sedated, but careful
attention should be paid to SpO2 and heart rate (pulse) espe-
cially when the animals are sick from PH.

3. Pigs have fragile pulmonary tissue. In order to avoid damage by
hyperinflation maintain ventilator pressure below 22 cm
H2O [17].

4. The anesthetic agent should be carefully chosen, as it can affect
the endpoint measurements [21]. The preferred anesthesia in
surgical procedures is volatile anesthetics (such as isoflurane
1–3%) as it has analgesic effect and can be adjusted according
to the animal sedation status. However volatile anesthetics also
have strong vasodilatory effects and can mask mild
PH. Therefore we perform all echocardiographic and hemody-
namic measurements under propofol anesthesia. Once the
measurements are completed, anesthesia is switched to isoflur-
ane before the surgical procedure. In the follow up time points
(if no surgical intervention is planned), we only use intravenous
anesthesia (propofol) for functional measurements.

5. Although animals have access to fluid overnight, they tend to
be dehydrated in the morning without food. Evaluate the
animal condition before infusion, because severely sick pigs
could be volume-overloaded even after overnight fasting.

6. Obtaining good surgical view facilitates the banding proce-
dure. Note that the lung lobes that cover pulmonary veins
will be moved dorsally. Incision should be made on the site
above the posterior end of the heart. If the fluoroscopy is
available, the location of the heart can be determined before
surgery.

7. Pay attention not to injure the lung while cutting the pleura.
Bleeding is rarely caused by manual dissection. However, there
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are relatively large vasculatures on the ventral part of the inter-
costals space, and widening the space too ventrally can injure
these vessels and cause bleeding. For this surgery, there is no
need to open the chest to this extent.

8. On the cranial side of the left superior pulmonary vein, azygos
vein runs in parallel. Distinction is easy as oxygenated red blood
runs in pulmonary veins. Azygos vein needs to be isolated from
the pulmonary vein for banding.

9. The right half (bottom direction in surgical view) of the inferior
common vein is usually very deep in the chest and cannot be
easily accessed or visualized. The dissection of the vein needs to
be done with extra care and gentle manipulation. Slowly dissect
both visible sides of the vein (cranial and caudal sides) and
scoop the vein with angled forceps. Never try to scoop by
applying strong force. If it cannot be scooped, continue the
dissection deeper in the surgical view until it can be scooped
without applying strong force.

10. If the dissection is too distal from the left atrium, the right
inferior pulmonary vein before merging into the common
inferior pulmonary vein could be missed. Make sure that no
pulmonary vein branches are missed before placing a band.
Note that the inferior vena cava runs beneath the common
inferior pulmonary vein. Do not band the inferior vena cava
together.

11. The degree of stenosis that is created during the surgical pro-
cedure is a key aspect of this model. For a 10–15 kg Yorkshire
swine, we used the cylinder part of a sterile 1 mL syringe
(diameter of 4 mm) as a reference size to create reproducible
degree of vein stenosis. We found that severe stenosis (using
smaller cylinder size) induced severe postoperative pulmonary
edema, whereas mild stenosis did not induce chronic PH dur-
ing the follow up. Hence, the optimization of the surgical
technique for creating the desired degree of stenosis is critical
for achieving successful results. This optimization needs to take
into account the size of the animal at the time of surgery, the
growth rate, the anatomy of the pulmonary veins, and species
as well as strains.

12. The heart rate will increase after banding by 5–10%. If the heart
rate increases more than 15%, consider looser banding.

13. Excessive dehydration leads to low cardiac output due to low
preload. Signs of low cardiac output are lethargy, effort breath-
ing, and tachycardia. Meanwhile, signs of acute pulmonary
congestion are lethargy, effort breathing, low oxygen satura-
tion, tachycardia, and pink sputum. If the pig shows such
symptoms postsurgery, careful evaluation using physiological
signs, ECG, and echocardiography is necessary. Identifying the
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condition of these two is usually very challenging, but the
presence of pink sputum strongly suggests acute pulmonary
congestion. If furosemide did not alleviate symptoms, volume
loading should be considered.

14. Long breath holds should be avoided to prevent hypoxia as it
dramatically increases the PA pressure (RV afterload) in
sick pigs.

15. In this model the pulmonary vein banding can affect both
lungs in different degrees due to anatomic variations and pref-
erential banding of the left side veins. Therefore PCWP should
be reported separately or as an average of measurements
obtained from both sides.

16. For morphological evaluation, formaline fixed paraffin embed-
ded tissues provide superior quality. However, when the immu-
nohistochemistry is needed, frozen sections in OCT may be
considered. The lung tissue is filled with air and is extremely
difficult to cut with the cryotome unless the air is removed. For
removing air, injection of saline–OCT (1:1) into the trachea or
24 h. fixation in 20% sucrose can be used. However, antibody
reactivity should be evaluated for planned staining.
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Abstract

Several animal models have been developed to study atherosclerosis. Here we present a rabbit atheroscle-
rosis model generated by surgical denudation of the aortic endothelium in combination with a high-fat and
cholesterol-enriched diet. This model is characterized by the formation of vascular lesions that exhibit
several hallmarks of human atherosclerosis. Due to the rabbit’s relative large size, as compared to rodents,
this model is suited for the imaging-guided evaluation of novel therapeutic strategies using clinical scanners.
In this chapter, we present an extensive outline of the procedures to induce aortic atherosclerotic lesions in
rabbits as well as methods to evaluate the disease, including noninvasive in vivo multiparametric imaging
and histopathology.

Key words New Zealand White rabbit, Rabbit atherosclerosis model, Translational, Imaging model,
PET/MRI

1 Introduction

Atherosclerosis is the major pathophysiological mechanism respon-
sible for cardiovascular events such as myocardial infarction and
stroke [1]. Several animal models have been developed to unravel
these underlying pathological pathways, ranging from recruitment
and proliferation of immune cells and subsequent inflammation to
lipid accumulation resulting in foam cell formation. While most
rodent models lack important human plaque characteristics [2],
such as small lesion size and the absence of neovascularization,
the use of pig, sheep or nonhuman primate atherosclerosis models
is economically and logistically challenging. In this context, the
rabbit model may represent the perfect trade-off. New Zealand
White (NZW) rabbits are excellently suited as they establish a
favorable body size relatively fast. The induction of atherosclerosis
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is achieved by a combination of a double balloon injury—to denude
the endothelial layer—and a high-fat and cholesterol-enriched diet
(Fig. 1). This protocol induces inflammation and facilitates lipid
accumulation in the aortic vessel wall [3, 4]. The thus induced
plaques show several aspects of the so-called human vulnerable
plaques [3], including extensive macrophage-rich areas, hypoxia
induced neovascularization and substantial plaque size [5, 6]. The
size of this model’s abdominal aorta, which is comparable to human
coronary arteries, facilitates noninvasive imaging using clinical sys-
tems. This allows the noninvasive study of aortic plaques’ anatomi-
cal as well as compositional features. For example, computed
tomography (CT) can be applied to study calcifications [7], mag-
netic resonance imaging (MRI) to study plaque area (T2-weighted
MRI) [8, 9], dynamic contrast enhanced-MRI for neovasculariza-
tion [10, 11] and macrophage burden using iron oxide-T2*-MRI
[12–14]. Molecular imaging of atherosclerosis can be achieved by
positron emission tomography (PET), including 18F-fluorodeoxy-
glucose-PET to assess plaque inflammation/hypoxia [15, 16], 18F-
fluorothymidine-PET to assess macrophage proliferation [17], and
18F-sodiumfluoride-PET to evaluate microcalcifications
[18–20]. Finally, immunohistochemistry may be used to assess
and validate plaque severity at the microscopic level.

In summary, the New Zealand White rabbit subjected to dou-
ble balloon injury and a high-fat and cholesterol-enriched diet is an
excellent model to investigate atherosclerosis biology, to develop
and evaluate novel diagnostics and to study cardiovascular thera-
pies. Moreover, with this model formation of significant plaques
can be achieved in 17 weeks with a survival rate of 95%. This chapter
provides an overview of the requisites to induce atherosclerotic
lesions in rabbits, including specifics on the diet and a step-by-
step approach to denude the endothelial layer by angioplasty.
Finally, several methods to evaluate and validate the atherosclerotic
lesions are presented, including noninvasive in vivo multimodal
imaging and histopathology of rabbit plaques.

Fig. 1 Outline of the experimental procedures
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2 Materials

2.1 Diet 1. Rabbit high-fat, cholesterol-enriched diet (i) containing 4.7%
coconut oil with 0.3% cholesterol.

2. Rabbit high-fat, cholesterol-enriched diet (ii) containing 4.7%
coconut oil with 0.15% cholesterol.

2.2 Surgical

Procedure

2.2.1 Surgical

Instruments and Equipment

(See Table 1 and Fig. 2)

All instruments and solutions need to be sterile.

1. Sodium chloride 0.9% w/v solution.

2. Iopamidol (Bracco Diagnostics, Monroe Township, NJ, USA).

3. 4-French Fogarty embolectomy catheter.

4. 20/30 Indeflator.

5. Vein pick catheter introducer.

6. Silk 2-0 suture Au3.

7. Absorbable 3-0 sutures.

8. Prolene sutures 2.0.

9. Syringes, 5 and 10 mL.

10. Sterile gauze (4 � 4 inches).

11. Sterile cotton tipped applicators.

12. Basic surgical instruments including: scalpel, retractor, and
small curved Metzenbaum scissors (Fig. 2).

13. Fluoroscopic system, such as Allura Xper FD20/10.

14. X-ray protective lead apron.

2.2.2 Anesthesia 1. Lidocaine hydrochloride 1% w/v solution.

2. Ketamine (100 mg/mL) and xylazine (20 mg/mL) solution.

3. Veterinarian anesthesia and breathing system.

4. Anesthesia monitoring: pulse oximeter.

2.3 Noninvasive

Multiparametric

Imaging Evaluation

of Atherosclerosis

1. Clinical 3 Tesla Biograph mMR (Siemens, Erlangen,
Germany).

2. Ketamine (100 mg/mL) and xylazine (20 mg/mL) solutions.

3. Pediatric Foley catheter 8 Fr.

4. Urine leg bag.

5. Isoflurane.

6. Veterinarian anesthesia and breathing system.

7. Contrast agent for MRI such as gadopentetate dimeglumine
(Magnevist®).

8. Computer for imaging reconstruction and analysis, including
software such as Matlab and Osirix.
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2.4 Euthanasia

and Harvesting

of Aorta and Organs

1. Pentobarbital sodium.

2. Intravenous catheter with a 500 mL bag of (heparinized) saline
attached.

3. Second rabbit instrument set as shown in Table 1 and Fig. 2 for
ex vivo applications.

Table 1
List of surgical instruments used during the balloon denudation procedure

Instrument Function

Sterile tray Sterilization of the instruments

Scalpel Skin incision

Surgical forceps Skin incision

Anatomical forceps Opening of the surgical site

Beckman retractor Visualization of the surgical site

Metzenbaum scissors Dissection of the musculature and opening of the artery

Needle holder Suturing

Introducer Introduce catheter in artery

Disposable inflation device Inflation of the balloon during angioplasty

Sterile bowl Mixing of the iopamidol

Towel clamps Hold the surgical drapes in place

Fig. 2 Surgical instruments and equipment. (1) Sterile gauze. (2) arterial clip. (3) syringe filled with lidocaine.
(4) sodium chloride solution with wet silk sutures. (5) iopamidol:saline solution (1:1). (6) surgical instruments.
(7) sterile cotton tipped applicators. (8) 4-F Fogarty embolectomy catheter mounted on, (9) 20/30 indeflator
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2.5 Histological

Validation

of Atherosclerotic

Lesions

1. Formalin.

2. Paraffin.

3. Standard hematoxylin and eosin staining solutions.

4. Monoclonal Mouse Anti-Rabbit Macrophage, Clone RAM11.

5. Peroxidase-based immunohistochemical visualization kit to
enhance visualization of the antibodies.

3 Methods

3.1 Regulatory All experiments involving the use of animals should be performed
in accordance with protocols approved by the Institutional Animal
Care and Use Committee (IACUC) of your institution and follow
national/international guidelines for animal welfare. Imaging
experiments involving radiation should be performed in accordance
with protocols approved by the radiation safety committee of your
institution.

3.2 Diet 1. Obtain male New Zealand White (NZW) rabbit
2.5–3.0 months old.

2. Rabbits may be housed in single or paired cages and receive a
regular chow and water ad libitum.

3. When rabbits reach a target weight from 2.5 to 3.0 kg, change
the diet to the high-fat, cholesterol-enriched diet (i) containing
4.7% coconut oil and 0.3% cholesterol.

4. Two weeks after diet initiation, perform an angioplasty of the
aorta using either femoral artery for entrance (see Subheading
3.3).

5. Four weeks after the first procedure, the contralateral femoral
artery is used for entry, to repeat the angioplasty of the aorta.

6. Eight weeks after cholesterol-enriched diet initiation (2 weeks
after the last angioplasty) the diet is changed to diet (ii) con-
taining 4.7% coconut oil and 0.15% cholesterol (see Note 1).

7. After approximately 17 weeks, the animals have developed
atherosclerotic lesions detectable with clinical imaging systems.
When rabbits are kept on diet (ii) for prolonged periods they
will develop advanced atherosclerotic lesions.

3.3 Surgical

Procedure

3.3.1 Animal Preparation

1. Use a preparation room to sedate the rabbit with an
intramuscular injection of ketamine (35 mg/kg) and xylazine
(5 mg/kg) (see Note 2).

2. Shave the inguinal area, collect the fur and disinfect the surgical
area with Iodopovidone and alcohol.
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3. The rabbit can then be moved to the surgical suite. Place the
rabbit in supine position in a holder on the operating table with
the hind limb in a relaxed position (seeNote 3). The position of
the surgeon should be in line with the hind limbs of the rabbit.

4. Make sure the neck is in an extended position and place a
facemask over the head to provide oxygen for the full length
of the procedure using a veterinarian anesthesia and breathing
system.

5. The rabbit heart rate and oxygen saturation should be moni-
tored with a pulse oximeter attached to a front paw.

6. Organize the surgical instruments and prepare the embolec-
tomy catheter. Use 1:1 ratio to dilute the Iopamidol with
sterilized saline.

7. Place surgical drapes covering the rabbit up to the oxygen
mask, only exposing the disinfected surgical area (Fig. 3a: 1)
(see Note 4).

3.3.2 Angioplasty

of the Aorta

1. Palpate the inguinal area to locate the femoral artery just below
the inguinal ligament. Subsequently draw a line from the fem-
oral artery toward the knee joint over a length of approximately
3–5 cm.

2. Apply local anesthesia using lidocaine and make a skin incision,
proximal to distal, over the full length of trajectory identified in
step 1 (Fig. 3a: 2).

3. After opening the skin, bluntly separate the adductor muscles
from the quadriceps muscle to allow visualization of the femo-
ral neurovascular bundle. This can be achieved using the curved
Metzenbaum scissors (see Note 5).

4. After separating the musculature, locate the femoral neurovas-
cular bundle and use the self-retaining retractor to retain easy
access to the surgical area. In addition, the incision may be
enlarged to improve visualization.

5. Isolate the femoral neurovascular bundle by using cotton
tipped applicators to separate it from the surrounding tissue
(Fig. 3a: 3).

6. Identify and isolate the femoral artery from the neurovascular
bundle using the curved–tip forceps or a smaller curved Met-
zenbaum scissors and cotton tipped applicators (see Note 6).

7. Isolate the femoral artery at the distal end and use a silk 2-0
filament to ligate the artery (Fig. 3a: 4, enlargement in 3b) (see
Note 7).

8. Circumferentially remove the adventitial layer and remaining
associated fat surrounding the femoral artery (see Note 8).
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Fig. 3 Isolation of the artery and introduction of the catheter. (a) Surgical
procedures. (1) The rabbit in supine position with the hind limb relaxed (the
orientation of the animal is indicated by the rabbit shape). (2) A 3–5 cm incision
is made from below the inguinal ligament to the knee joint. (3) The adductor
muscles are separated from the quadriceps muscle to allow visualization of the
femoral neurovascular bundle. (4) The femoral artery is isolated from the
neurovascular bundle and a ligation is made at the most distal part of the artery.
(5) A vascular loop is positioned around the proximal part of the femoral artery
and put under tension. (6) A small longitudinal incision in the artery is made as
distally as possible. (7) The introducer is placed in the lumen of the artery.
(8) With the help of the introducer, the catheter is inserted in the artery. (9) The
catheter is advanced up to the left subclavian artery (~30 cm, mark with
three stripes). (b) Magnification of the neurovascular bundle. (1) Femoral
artery. (2) Femoral nerve. (3) Femoral vein. (4 and 5) Branches from the femoral
artery



9. Place a vascular loop (silk 2.0) around the proximal part of the
femoral artery and put it under tension (Fig. 3a: 5) (seeNote 9).

10. Soak a cotton tip applicator with lidocaine and gently stroke
over the artery to enhance vasodilatation and allow easier
access when introducing the catheter (see Note 10).

11. Use the Metzenbaum scissors or scalpel to make a small longi-
tudinal incision in the artery as distally as possible, while
keeping pressure on the proximal loop to prevent unnecessary
blood loss (Fig. 3a: 6).

12. Use the introducer to facilitate insertion of the catheter into
the artery while easing the pressure on the proximal loop
(Fig. 3a: 7, 8) (see Note 11).

13. Advance the catheter up to the left subclavian artery, this is
approximately 30 cm (marked with three stripes) (Fig. 3a: 9)
(see Note 12).

14. Use the X-ray beam to ensure the whole aorta, i.e., from the
aortic arch to the iliac bifurcation, is in the field of view (see
Note 13).

15. Gently inflate the balloon with the diluted contrast until you
reach a pressure of around 1.5–2.0 atmospheres (atm), the
balloon will now be visualized. Based on the resistance of the
vessel you may alter the pressure (Fig. 4: 1).

16. Retract the catheter over the entire length of the aorta until the
iliac bifurcation is reached. Fully deflate the balloon when the
catheter is in the iliac artery and stop the X-ray (Fig. 4: 2, 3) (see
Note 14).

17. Repeat steps 13–16 two more times.

18. After retracting the balloon the final time, keep pressure on the
proximal vascular loop while removing the catheter from the
artery. After the catheter is completely removed, ligate the

Fig. 4 Visualization of the angioplasty by fluoroscopy. (1) The X-ray beam is placed with the aortic arch and the
iliac bifurcation in the field of view (the orientation of the animal is indicated by the rabbit shape). The balloon
is gently inflated and visualized (white arrow). (2) The catheter is slowly retracted over the entire length of the
aorta. Passing the diaphragm, resistance may be felt, for which the balloon should be marginally deflated.
(3) Once the iliac bifurcation is reached the balloon is fully deflated and the X-rays should be stopped
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femoral artery using the proximal vascular loop (Fig. 5: 1) (see
Note 15).

19. Check for any active bleedings and rinse the surgical site with
saline. Clean the area and remove any remaining blood clots
(see Note 16).

20. Approximate the musculature using 2–4 interrupted sutures
(Vicryl 3-0). Apply lidocaine to prolong local analgesia after
surgery (Fig. 5: 2).

21. Close the skin with a continuous suture using Prolene 2.0
(Fig. 5: 3) (see Note 17).

3.3.3 Postoperative Care

and Monitoring

1. Place an e-collar or protective materials on the wound to avoid
self-mutilation or contamination of the surgical site until the
wound is fully healed.

2. After surgery, check the rabbit daily for any symptoms of
distress, blood loss, infections, dehiscence or nerve damage
until 7–10 days postsurgery.

3. Treat mild complications such as an infection, with local anti-
biotic cream, or systemically if needed. Dehiscence can be
treated by surgically reopening the wound for inspection and
debridement.

4. In case of an active postoperative bleeding, severe dehydration,
or signs of significant distress, euthanasia is strongly recom-
mended to prevent any inhumane suffering. In addition,
IACUC protocols should describe clear humane endpoints.

3.3.4 Survival After initial recovery, rabbits may experience (reversible) nerve
damage (seeNote 18), which may induce self-mutilation. Euthana-
sia is required if walking is impaired or paralysis is observed. Wound
infections are rare (<1%) and can be treated with local antibiotic
therapy in most cases. When infections persist, systemic treatment
should be started before surgical debridement of the wound is

Fig. 5 Closure of the incision. (1) As the catheter is removed, the femoral artery is ligated using the proximal
loop (silk 2-0). The surgical site is cleaned and inspected for active bleedings. (2) The musculature is
approximated using interrupted absorbable 3-0 sutures. (3) The skin is closed with a continuous 2.0 Prolene
suture
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considered. When rabbits experience a slower recovery, loss of
weight is common and often reversible. However, when more
than 20% loss of body weight is observed, further analysis, support
and euthanasia should be considered.

Because of the added oil and cholesterol to the diet, rabbits will
develop a fatty liver that may eventually result in liver failure and
death. Therefore, it is a necessity to monitor the rabbits and check
for signs of jaundice regularly (see Note 19). When signs of liver
failure are suspected, blood can be drawn for analysis of liver
function and animals should receive extra dietary support. In addi-
tion, the rabbit should be used for terminal experiments within a
short time frame.

3.4 Noninvasive

Multiparametric

Imaging Evaluation

of Atherosclerosis

3.4.1 Preparation

of the Animal for Imaging

1. When imaging with 18F-fluorodeoxyglucose (18F-FDG), fast
the rabbit 4 hours prior to injection.

2. Place intravenous catheters using the marginal ear veins in both
ears; attach a stopcock with a short i.v. line.

3. Use either of the i.v. entries to inject the 18F-FDG dose
(1 mCi/kg).

4. Anesthetize the rabbits 2.5 h after injection using an intramus-
cular injection of ketamine (35 mg/kg) and xylazine (5 mg/
kg) and empty the bladder using a pediatric Foley catheter and
attach a urine bag.

5. Transport the rabbit to the PET/MRI system (make sure all
metals are removed).

6. Place the rabbit in the middle of the bed, feet first, supine
position, and place a facemask over the head to provide an
oxygen/isoflurane mixture for the full length of the procedure
using a veterinarian anesthesia and breathing system (Penlon
Ltd., Abingdon, UK).

7. Place a body matrix coil or knee coil around the rabbit covering
at least the abdominal region (see Note 20).

8. Prepare the automatic injector to administer the MR contrast
agent and connect together with saline (for flushing) to the
unused i.v. catheter for the dynamic contrast enhanced mag-
netic resonance imaging (DCE-MRI) scan.

3.4.2 PET/MR Imaging 1. Start the PET scan to quantify the 18F-FDG signal in the
abdominal aorta, and a time-of-flight (TOF) MR scan for
anatomical localization (Fig. 6a).

2. After the TOF is finished, start a 3D T2-weighted MR
sequence to assess the vessel wall area (Fig. 6b).

3. Start the dynamic contrast-enhanced (DCE)-MRI sequence to
evaluate vessel wall permeability [21], and inject Magnevist
after several frames have been acquired during the dynamic
MR sequence (Fig. 6c).
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3.4.3 Reconstruction

and Imaging Analysis

1. When necessary, offline PET reconstruction may be performed
using vendor-specific tools, either alone or in combination with
custom-made software to interface with them.

2. DCE-MRI data are typically analyzed using custom-made soft-
ware.Custom-made softwaremaybewritten inMatlab, javascript
or other programming language with libraries readily available to
handle imaging data as extensively discussed elsewhere [11].

3. Processed (DCE-MRI) or raw (plaque size, PET) images can
be processed using readily available image analysis software,
such as Osirix or similar DICOM analysis software by manually
drawing regions of interest (ROIs) on the infrarenal abdominal
aorta and other tissues of interest [11].

3.5 Euthanasia

and Harvesting

of Aorta and Organs

3.5.1 Euthanasia

and Perfusion

1. Use an intravenous injection of 100 mg/kg pentobarbital
sodium to euthanize the rabbit.

2. Make an incision from the jugular notch to the pubic bone.

3. Use scissors or a bone cutter to perform a sternotomy to
facilitate better vision of the heart and thoracic aorta, while a
self-retaining retractor is used to keep the thorax opened.

4. Place an intravenous catheter in the left ventricle to perfuse the
rabbit with a minimum of 500 mL (heparinized) saline and
make an incision in the portal vein to drain the blood and
saline.

Fig. 6 Noninvasive PET/MR imaging evaluation of atherosclerosis. Representa-
tive coronal aortic fused PET/MR images of 18F-FDG-PET (3 h after injection,
left), T2-weighted MRI (middle) and dynamic contrast enhanced-MRI (right).
Lesions can be found along the full length of the aorta
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3.5.2 Harvesting

of the Aorta and Organs

1. Dissect the aorta from the heart to the iliac bifurcation.

2. Rinse the aorta again using saline.

3. Finally, cut the aorta in 5 mm thick pieces and preserve in
formalin for histological analysis.

3.6 Histological

Validation

of Atherosclerotic

Lesions

1. Remove the blocks from the formalin solution and embed them
in paraffin.

2. Cut 7 μm thick sections, preferably two sections per slide.

3. Let the slides dry for at least 24 h in a 37 �C preheated oven.

4. Conventional hematoxylin and eosin (H&E) staining and
RAM-11 staining for macrophages (Fig. 7) can be performed
according to manufacturer’s protocol.

4 Notes

1. Diet with 0.3% cholesterol (i) is changed to diet (ii) with a
lower amount of added cholesterol (0.15%), to prevent liver
failure before plaques have been induced.

2. In our experience, one intramuscular injection will be sufficient
to keep the rabbit anesthetized for the whole procedure
(30–45 min). If needed, an additional injection can be given.

3. Having the leg relaxed prevents an artificial bend in the iliac
artery easing access when introducing the catheter.

Fig. 7 Histological validation of atherosclerotic lesions. Conventional hematoxylin and eosin (top) and RAM-11
(bottom) for macrophage staining of aortas from healthy controls fed a regular chow diet (left), atherosclerotic
rabbits that underwent the double balloon injury in combination with a high-fat and cholesterol-enriched diet
for 17 weeks (middle) and 34 weeks (right)
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4. It is important to cover the rabbit’s body to prevent hypother-
mia. In addition, cover the nonsurgical area to prevent infec-
tion that can be caused by loose fur.

5. This is a crucial step: you need to be careful when bluntly
dissecting not to hit the femoral nerve, artery, or vein. Before
separation, removing the fascia may help to identify muscle
fiber direction and facilitate proper separation.

6. The artery has a bright red color compared to the purple hue of
the vein, due to the difference in oxygenation. The femoral
nerve can be identified as the white structure. Be careful not to
manipulate the nerve with anything else than the cotton tipped
applicators, and do not stretch it. This may result in severe
nerve damage, for which the animals may need to be
euthanized.

7. Placing a ligation on the distal side of the artery first facilitates
vasodilatation, easing further separation if needed. The silk
filament should be wetted in saline solution to ease the
surgical knot.

8. Removing the adventitial layer will allow vasodilatation of the
artery. However, without this layer, the artery is more fragile
and thus prone to rupture. Small peripheral arteries may be
located near the incision site. It is recommended to save these
small branches, to facilitate collateral artery formation. Never-
theless, ligation might be considered when the branches are put
under tension to prevent any blood spill as they are prone to
rupture.

9. Make sure the distance between the first knot and this loop is
long enough to allow access for the catheter. After the denuda-
tion is completed, this loop will be used to ligate the proximal
part of the femoral artery.

10. In order to ease introduction of the catheter, apply lidocaine on
the artery until the diameter of the artery has approximately
doubled in size.

11. Work as parallel to the vessel as possible to prevent a puncture
in the artery while introducing the catheter. Make sure the
catheter has not been introduced between the adventitia and
media layers of the vessel wall.

12. Do not apply too much force while inserting the catheter into
the artery; if the catheter gets stuck, retract it a little and try
again. Ensure the adventitial layer is removed from the part of
artery that will be used for catheter introduction. Forcing the
catheter into the artery may cause rupture of the femoral artery.

13. To reduce radiation exposure, while wearing a radiation pro-
tection apron, try to stay as far away from the X-ray beam as
possible.
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14. While retracting the catheter, you should deflate the balloon
slowly if you encounter any resistance, especially when passing
the diaphragm. As a result of the first surgery, stenotic regions
will develop along the aorta, which may increase the chance of
aneurysms if the balloon is not deflated well enough during the
second surgery.

15. After ligation of the femoral artery, formation of new collateral
arteries will develop over time and prevent progression of limb
ischemia.

16. Any hematomas left in the wound will increase the chance of
infection and can induce hitching and possibly self-mutilation.

17. Keep the ends long to enable easy removal after the fur has
regrown. The sutures can be removed 10–14 days after surgery.

18. Most nerve damage observed after the procedure is reversible
and recovers between several hours up to 3 days after the
surgery. If the nerve damage persists after day 3, it is very likely
to be permanent and requires animal humane termination;
however, this complication only occurs in less than 2% of the
surgeries.

19. Rabbit behavior may be altered resulting in decreased activity
and responsiveness. Signs of liver failure are first presented as a
yellow glaze in the ears, around the eyes and the nose. We
found that approximately 10% of the rabbits developed liver
failure, but only after 6–12 months were spent on the
cholesterol-enriched, high-fat diet.

20. Make sure to place the rabbit in a stable position to prevent it
from rolling over and induce movement artifacts without caus-
ing attenuation. Linen may be used to stabilize the sides.
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