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PREFACE
Building on the foundation of our first (1999) and second (2004) editions of

Methods in Cell Biology: The Zebrafish, Monte, Len, and I are pleased to con-

tinue this Third Edition with Methods in Cell Biology Volume 104, Genetics,

Genomics, and Informatics. In this volume, our contributors present the latest

technical advances that have appeared since the second edition. One theme that

clearly emerges from these chapters is that the zebrafish is the preeminent

vertebrate model for genetic, transgenic, and genomic studies of developmental

processes in vivo.

Genetics, Genomics, and Informatics covers new technologies under five sec-

tions: Forward and Reverse Genetics, Transgenesis, The Zebrafish Genome and

Mapping Technologies, Informatics and Comparative Genomics, and Infrastructure.

Under Section 1, Forward and Reverse Genetics, new advances in transposon-

mediated transgenesis, gene trapping, and enhancer trapping in zebrafish are

described, and mutagenic strategies using zinc finger nucleases and retroviral inser-

tion are presented. Reverse-genetic approaches employing target-selected gene

inactivation and caged morpholino oligonucleotides are also outlined. Section 2

introduces new transgenic protocols for zebrafish that are based on Cre or phiC31

recombinases or on nuclear transfer. The third section covers new genomic and

mapping technologies in zebrafish, including SNP panels for rapid positional clon-

ing of genes, molecular cytogenetics and a BAC probe panel for genome analysis,

automated procedures for detection of conserved syntenies among vertebrate gen-

omes, and an update of the Zon laboratory positional cloning manual. Section 4,

Informatics and Comparative Genomics, explores ZFIN as a portal for data extrac-

tion, transformation, and dissemination, provides protocols for analysis of chromatin

structure, DNA methylation, and epigenetic regulation during zebrafish develop-

ment, describesmethods for evaluating the roles ofmicro RNAs in development, and

outlines techniques for sequencing-based transcriptional profiling. Infrastructure,

Section 5, reviews zebrafish facilities suitable for small or large laboratories and

concludes with a chapter on zebrafish husbandry that emphasizes the importance of

standardizing zebrafish lines and genetic backgrounds for cross-comparison of

experimental results.

The Third Edition will also introduceDisease Models and Chemical Screens, two

rapidly emerging and compelling applications of the zebrafish. We trust that the

Third Edition will prove valuable both to seasoned zebrafish investigators as well as

to those who are newly adopting the zebrafish model as part of their research

armamentarium.
xix
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Abstract
While several mutagenesis methods have been successfully applied in zebrafish,

these mutations do not allow tissue- or temporal-specific functional analysis.We have

developed a strategy that will allow tissue- or temporal-specific disruption of genes in

zebrafish. This strategy combines gene-trap mutagenesis and FlEx modules contain-

ing target sites for site-specific recombinases. The gene-trap cassette is highly muta-

genic in one orientation and nonmutagenic in the opposite orientation, with different

fluorescent proteins as indicators of the orientation. The inclusion of the FlExmodules
. 3
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allows two rounds of stable inversion mediated by the Cre and Flp recombinases. This

gene-trap cassette can be easily delivered via transposons. Through large-scale com-

munity-wide efforts, broad genome coverage can be obtained. This should allow

investigation of cell/tissue-specific gene function of a wide range of genes.
I. Introduction
Zebrafish has proven to be a powerful model for forward genetic analysis of

vertebrate development. It can be argued that the advantages of zebrafish, including

high fecundity, low cost maintenance, and feasibility of live imaging, also make it a

good model for reverse genetic analysis. Several strategies have been developed to

generate and identify mutations in a gene of interest after chemical mutagenesis or

insertional mutagenesis (Jao et al., 2008; Moens et al., 2008; Sood et al., 2006;

Wienholds et al., 2003). Furthermore, targeted mutagenesis using preselected zinc

finger nucleases is also feasible (Doyon et al., 2008; Foley et al., 2009; Meng et al.,

2008). Despite their proven power, one limitation of these approaches is that the

genes aremutated in all cells and at all times. This often complicates determining the

function of the mutated genes in a specific tissue or a specific process. Conditional

mutations are more desirable because they allow inactivation of genes in somatic

cells in a temporal- or tissue-specific manner.

In the mouse, conditional mutations generally refer to alleles containing two target

sites of a site-specific recombinase configured to delete either an essential part of or

the entire gene. Thesemutations are constructed bymodifying a cloned fragment of the

gene of interest, which is then used to replace the endogenous locus via homologous

recombination in ES cells (Feil, 2007; Gu et al., 1993). Recombination between two

target sites mediated by the site-specific recombinase leads to the deletion of the

intervening sequence. The Cre recombinase and its target loxP sites are most fre-

quently used in mouse, although the Flp recombinase and its target FRTare also used,

but to a lesser extent. Both of these recombinases recognize a 34 bp target site that

consists of two 13 bp inverted repeats and an 8 bp spacer (Branda andDymecki, 2004).

Each repeat provides a binding site for one recombinase molecule and the spacer

dictates the configuration of the heteroduplex intermediate and the outcome of recom-

bination. If the targets are in the same orientation, as used in conditional alleles in

mouse, recombination results in the deletion of the intervening sequence. If the targets

are in opposite orientation, recombinationwill result in the inversion of the intervening

sequence. With tissue-specific expression of Cre and ligand-dependent Cre (e.g.,

CreER), conditional alleles allow functional determination of genes in different

tissues/organs and at different stages during development as well as in adult animals.
II. Rationale for Conditional Mutations
Most genes have a dynamic expression patterns and likely function in multiple

cells types and multiple stages. Traditional mutations abolish gene function in all
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cells from the beginning of embryogenesis, often revealing only the earliest or most

conspicuous functions and concealing later or less pronounced functions. This is

particularly true for mutations that lead to embryonic lethality, a common feature for

most of the available zebrafish mutations. Conditional mutations of these essential

genes can reveal additional functional insights. A good example comes from muta-

tion of the insulin receptor in mouse. Global mutation of insulin receptor leads to

growth retardation and perinatal death due to diabetic ketoacidosis. But tissue-

specific inactivation has revealed that insulin signaling may play distinct roles in

different tissues (Kitamura et al., 2003). In skeletal muscle, insulin resistance caused

by the lack of insulin receptor plays a key role in the development of metabolic

syndrome. In the liver, insulin resistance is involved in the development of diabetes,

whereas in fat, insulin signaling plays a role in the regulation of life span (Bluher et al.,

2003; Fisher and Kahn, 2003). Insulin resistance in the CNS regulates both appetite

and reproduction (Kahn, 2003). By specifically inhibiting the insulin signaling in

these individual tissues, a better overall understanding of the role insulin signaling in

multiple physiological processes has been gained. Undoubtedly, an approach for

tissue-specific gene inactivation in zebrafish may reveal a more precise functional

understanding of genes, particularly the essential genes. The Ekker lab has developed

a ‘‘gene-breaking’’ transposon which contains a gene-trap cassette that can be deleted

(Petzold et al., 2009). However, it only allows temporal- or tissue-specific rescue but

not temporal- or tissue-specific inactivation of the mutated genes.
III. Rationale for Gene-trap Mutagenesis to Generate
Conditional Mutations
While gene targeting is not available for zebrafish because of the lack of ES cells,

gene trapping using the Tol2 transposon system (Kawakami, 2004) is very efficient.

Because the mutagenicity of an intronic gene-trap insertion is orientation dependent,

it is possible tomake such alleles conditional if the orientation of the gene trap can be

stably switched (Schnutgen et al., 2005; Xin et al., 2005). The orientation switch

utilizes site-specific recombinases and a configuration of heterodimers of hetero-

typic (incompatible) recombinase target sites for Flip and Excision (FlEx) (Floss and

Schnutgen, 2008; Schnutgen et al., 2003).With a FlEx approach incorporating target

sites for both Cre and Flp, the intervening sequence can be inverted in two successive

rounds. Coupling the FlEx strategy to the efficient Tol2 transgenesis in zebrafish will

allow conditional gene inactivation without the need for ES cells.
IV. Rationale for Vector Design
There are three keys to generating an ideal gene-trap vector. First, for a condi-

tional gene trap to be successful the cassette needs to be highly mutagenic in one

orientation and nonmutagenic in the other orientation. The mutagenicity is
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determined by how efficiently the gene trap is recognized as a terminal exon;

intercepting and prematurely terminating the transcription of the trapped genes.

Because recognition of a terminal exon requires both a splice acceptor and a poly-

adenylation signal (Levitt et al., 1989; Niwa et al., 1992), inclusion of a strong splice

acceptor and a strong polyadenylation signal in the cassette would ensure a highly

mutagenic gene trap that is efficiently recognized as a terminal exon. For the splice

acceptor, we used the consensus splice acceptor from zebrafish (Yeo et al., 2004)

along with intronic and exonic splice enhancers (Fig. 1). We also used the tandem

repeats of the well-characterized bovine growth hormone gene polyadenylation and

transcription termination sequence as the polyadenylation signal. Tandem repeat of

polyadenylation signal is known to stop transcription more effectively (Maxwell

et al., 1989; Soriano, 1999). Conversely, a weak splice acceptor coupled with aweak

polyadenylation site will likely produce a nonmutagenic gene trap. For the nonmu-

tagenic gene trap, we chose a truncated zebrafish splice acceptor consensus without

intronic or exonic splicing enhancers and a truncated polyadenylation signal of the

SV40 genome. Second, a mechanism is needed to allow two rounds of stable

inversion of the gene trap. Two rounds of stable inversion are necessary to achieve

tissue-specific gene inactivation for insertions in an initially mutagenic orientation.

For this we included FlExmodules for both Cre and Flp to allow two rounds of stable

inversion. Third, the vector used to deliver the gene trap needs to be nonmutagenic. A

mutagenic vector will negate the conditionality of the gene trap. Although retrovirus

is the most efficient insertional mutagen, it is not a suitable for delivering the

conditional gene trap since the virus itself is highly mutagenic (Jao et al., 2008).

Transposons are suitable for generating conditional gene-trap insertions because

they require only minimal inverted terminal repeats for transposition and are easy to

work with. Furthermore, multiple transposons such as Tol2, piggyBac, and Ac/Ds

are available (Emelyanov et al., 2006; Ivics et al., 2009), each potentially with

different integration site preferences. The combination of these transposons should

make the entire genome more accessible for mutagenesis. Fourth, although not

essential, fluorescent reporter genes are useful to indicate the expression pattern

of the mutated genes, as well as the orientation of the insertion. The small size of

zebrafish makes it difficult to isolate a specific tissue for verification of the muta-

tional status of the trapped gene using DNA-based methods. A fluorescent marker
[(Fig._1)TD$FIG]

Fig. 1 Features of the synthetic splice acceptor. Capital letters represent exonic sequence and lower-

case letters represent intronic sequence. BP, branchpoint; ESE, exonic splice enhancer; ISE, intronic

splice enhancer; Kozak, Kozak consensus; SA, splice acceptor.
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for each orientation would allow visualization of the genotype of individual cells.

However, only a fraction of insertions are in frame, and not all will result in levels

high enough for detection.
V. Methods
We have constructed a FlEx module that allows two rounds of inversion, incor-

porated it in a reporter gene for Cre and Flp, and demonstrated its function in

zebrafish (Boniface et al., 2009). The FlEx module contains two heterotypic Cre

recognition sites, loxP and lox5171, and two heterotypic Flp sites, FRT and F3.

Orientation and organization of the module is critical to allow FlEx (Fig. 2). For

simplicity, Fig. 3 outlines the flip and excision process using recognition sites for a

single recombinase. Following the initial flipping of the cassette between one set of

homotypic recognition sites, the other set of homotypic recognition sites is in an

orientation that will result in excision. However, the excision event does not impact

the cassette and the end result is an inverted cassette with heterotypic recognition

sites on either side of the cassette, which is resistant to further recombination by the

same recombinase. However, the recognition sites may be used for recombination-
[(Fig._2)TD$FIG]

Fig. 2 Organization of FlEx modules. The organization and orientation of the recombinase target sites

in each arm are critical for correct and successive FlEx. The location, sequence, and orientation of each

recombinase target site are indicated for each arm in 50 to 30 configuration. The target sites are lox5171,
open arrowwith black text, loxP, light gray arrowwith black text; F3, dark gray arrowwithwhite text; FRT,

black arrow with white text.



[(Fig._3)TD$FIG]

Fig. 3 Schematic of FlEx. DNA between two opposing dimers of noncompatible heterotypic targets

can be inverted by a recombinase. The inversion also places two homotypic targets in a configuration for

recombinase-mediated deletion, leaving one heterotypic target at each side. The product is resistant to

additional inversion.
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mediated cassette exchange. Fig. 4 demonstrates inversion induced by Tg(hsp70I:

Cre) or Tg(hsp70I:Flp) as indicated by switching from EGFP expression to mCherry

expression in the reporter. Furthermore, in fish with the reporter stably inverted by

Cre recombinase, Tg(hsp70I:Flp) can reinvert the reporter to EGFP following heat

shock.

We have been testing the feasibility of FlEx-based gene-trap mutagenesis in

zebrafish and a manuscript detailing this project is forthcoming. For the purposes

here, we outline the approach to generate conditional alleles with full details of a

pilot screen to be presented elsewhere.
A. Construction of Gene-trap Cassettes
The mutagenic gene trap consists of a strong splice acceptor, mCherry as the

reporter gene, and a strong polyadenylation signal. The strong splice acceptor was

generated by annealing and repairing primers Splice Acceptor Forward (SAF) and

Splice Acceptor Reverse (SAR) (Table I). The strong polyadenylation signal is 5�
tandem repeats of the bgh polyadenylation site that was produced by conventional

molecular cloning. The nonmutagenic gene trap was generated by introducing a

truncated zebrafish splice acceptor consensus to the 50 end of mCitrine by PCR and

removing sequence downstream of the HpaI site of the SV40 polyadenylation signal

in pmCitrine-N1. The two gene traps were combined tail to tail and inserted between

the two FlEx arms in a Tol2 vector and injected into one-cell stage embryos. An in-

frame gene trap resulted in detectable expression of one of the fluorescent reporter

genes dependant on the orientation. ThemCherry expressing gene trap is muchmore

mutagenic than the mCitrine expressing gene trap using RT-PCR analysis of the

trapped gene (data not shown).



[(Fig._4)TD$FIG]

Fig. 4 demonstration of FlEx using a dual reporter fish. Panel A: schematic of the initial configuration of

the transgenic reporter. Following FlEx mediated by Cre or Flp, expression will switch from EGFP to

mCherry. Panels B–E: inversion of the reporter in embryos. Fluorescent protein expression in progeny of

transgenic reporter fish crossed to Tg(hsp70I:Cre) (B, C) or Tg(hsp70I:Flp) (D, E) transgenic fish. Embryos

1. Generating Conditional Mutations in Zebrafish Using Gene-trap Mutagenesis 9
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B. Generating Insertions

1. Tol2 Transgenesis
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DNA and RNA preparation

1. Prepare the Tol2 gene-trap plasmid DNA using standard plasmid preparation

protocols.

i. Purify the gene-trap plasmid using GeneClean (Bio101, Solon, OH)

according to manufacturer’s instructions.

2. Prepare transposase RNA using mMESSAGE mMACHINE (Ambion,

Austin, TX) according to manufacturer’s instructions.

i. Dilute the RNA to 300 ng/mL and store in 2 mL aliquots at�80 �C until use.
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II.
 Injection

1. Prepare injection solution

For 5 mL injection solution

150 ng purified gene-trap DNA

150 ng transposase RNA

0.5 mL 0.5% phenol red

RNAse, DNAse free water to 5 mL

2. Inject 1 nl solution into the cell of one-cell stagewild-type embryos avoiding

injection into the yolk.

3. Place injected embryos in 0.3� Danieau solution with 1% penicillin and

streptomycin stock solution (Invitrogen, Carlsbad, CA) and incubate at 28 �C.
III.
 Recovery

1. 4–6 h after injection remove unfertilized and dead embryos.

i. Keep not more than 70 embryos per dish.

2. 24 h after injection remove any dead embryos.

3. Once the embryos hatch at 3 days after injection, change to fresh 0.3�
Danieau solution without antibiotics, removing the chorions and any abnor-

mal embryos.

4. 5 days after injection begin feeding the larvae and raise to maturity.
nt.) were subjected to a 1 h heat shock at 24 hpf and images obtained at 5 dpf. Images were

othEGFP (B,D) andmCherry (C,E). For each panel the upper embryo isCre or Flp negative and

bryo is Cre or Flp positive. Only the recombinase positive embryos show mCherry expression.

matic of the transgenic reporter line with stable inversion by Cre recombinase. Following FlEx

Flp, expression will switch from mCherry to EGFP. Panels G, H: re-inversion of the reporter in

orescent protein expression in progeny of inverted transgenic reporter fish crossed to Tg(hsp70I:

ic fish. Embryos were subjected to a 1 h heat shock at 24 hpf and images obtained at 5 dpf.

obtained for both EGFP (G) and mCherry (H). For each panel the upper embryo is Flp negative

r embryo is Flp positive. Only Flp positive larvae show EGFP expression. (See color plate)



Table I
Primers used for constructing synthetic splice acceptor

Primer name Primer sequence 50 – 30

SAF CTCGAGGACTATCCGGAGTGTGTGTGTGTTTCTGACGTGTCTCTCTCTTCCCTTTTTTTTTTCAGGTCGACAAACTCTTCG

SAR CCATGGTGGTTCTTCTCTTCTTCCGACCGCGAAGAGTTTGTCGACCTG

LM-PCR long CTAGGATTAGCTGCTGGAGTACACGATCGCTTAATAGAGGCACGTGGAACGCGGGC

LM-PCR short CG PCGGCCCGCGTTCCACGTGZZOG

LM-PCR long CATG CTAGGATTAGCTGCTGGAGTACACGATCGCTTAATAGAGGCACGTGGAACGCGGGCCGCATG

LM-PCR UP1 CTAGGATTAGCTGCTGGAGTACACG

LM-PCR NUP2 ATCGCTTAATAGAGGCACGTGGAAC

50 TIR1 CCAAAGGACCAATGAACATGTCTGAC

50 TIR2 AACTGGGCATCAGCGCAATTCA

50 TIR3 TTGTACTCAAGTAAAGTAAAAATCCC

30 TIR1 TCAGCCCCAAAAGAGCTAGGCTTG

30 TIR2 GCGTGTACTGGCATTAGATTGTCTGTC

30 TIR3 TCAAGTAAGATTCTAGCCAGATAC

GT1 CTTCCGACCGCGAAGAGTTTGTC

GT2 CTTCTAACTATAACGGTCCTAAGGTAGCG
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2. Screening for Gene-trap Events
I.
 Embryo production

1. Cross individual gene-trap injected fish to a wild-type fish.

2. Collect eggs from successful matings.

i. Hold the gene-trap fish in a separate small tank.
II.
 Screening for fluorescence

1. At 24 hpf, 48 hpf, and 5 dpf.

i. Check for fluorescence on both red and yellow channels.

ii. Keep embryos with fluorescent protein expression and raise them to

maturity. Genomic DNA can be isolated from tailfin biopsies at 6 weeks

of age for insert identification.

iii. If more than 10 embryos with identical expression pattern are available

from a single clutch, 1–3 embryos can be used for insert identification
and the rest can be raised to maturity.
3. Insert Identification via Linker-Mediated PCR
All oligonucleotide sequences are given in Table I
I.
 DNA isolation

1. From tailfin

i. Anesthetize the fish in 0.05% MESAB.

ii. Cut the tail with a scalpel.

iii. Transfer the tail into a tube containing 250 mL of 20 mM NaOH.

iv. Place fish in individual plastic cups with 350 mL of system water.

2. From embryos

i. Place individual embryos in a tube containing 100 mL of 20 mM

NaOH.

3. Incubate the samples at 95 �C for 20 min.

4. Add 1/5 volume of 1 M Tris.HCl to neutralize the samples.

i. 50 mL for tailfin, 20 mL for embryos
II.
 Template preparation

1. Genomic DNA digestion

i. In a 50 mL reaction, digest 20 mL of tailfin or embryo lysate (about 1 mg
DNA) with one of the following for more than 2 h.
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a. 1 mL TaqI at 65 �C
b. 1 mL NlaIII at 37 �C

ii. Heat inactivate the enzyme at 80 �C for 20 min.

2. Linker preparation

i. Determine appropriate linker pair.

a. For Taq1 digestion – CG linker (LM-PCR long + LM-PCR Short CG)

b. For NlaIII digestion – CATG linker (LM-PCR long CATG + LM-PCR

Short CG)

ii. Anneal linkers

4.5 mL 20 mM long linker

4.5 mL 20 mM short linker

1.0 mL 10� NEB3 buffer

95 �C 2 min

45 �C 10 min

4 �C 5 min

3. Ligate linkers to genomic DNA fragments at 16�C for more than 2 h.

50.0 mL Digested genomic DNA

6.0 mL 10� T4 DNA ligase buffer

2.0 mL 10 uM annealed linkers

1.0 mL T4 DNA ligase

4. Purify DNA using Qiagen PCR purification columns and elute DNA in

40 mL 10 mM Tris pH 8.0.
III.
 Amplification of 50 side flanking sequence

1. First round PCR

i. Mix the following.

5.0 mL 5� GoTaq buffer (Promega)

3.0 mL 25 mM MgCl2
5.0 mL DNAwith linker

0.5 mL 10 mM dNTPs

0.5 mL 10 mM UP1

0.5 mL 10 mM 50TIR1
10 mL H20

0.2 mL Taq DNA polymerase (5 U/mL)
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ii. Perform PCR using the following thermal profile.

1 cycle

94 �C 2 min

25 cycles

94 �C 20 s

65 �C 3 min

1 cycle

72 �C 5 min

iii. Dilute the PCR 1:25.

2. Second round PCR

i. Mix the following.

10.0 mL 5� GoTaq buffer (Promega)

6.0 mL 25 mM MgCl2
1.0 mL Diluted first round product

1.0 mL 10 mM dNTPs

1.0 mL 10 mM NUP2

1.0 mL 10 mM 50TIR2
31.0 mL H20

0.2 mL Taq DNA polymerase (5U/ml)

ii. Perform PCR using the following thermal profile.

1 cycle

94 �C 2 min

35 cycles

94 �C 20 s

65 �C 3 min

1 cycle

72 �C 5 min

3. Run the products on a 1.0% agarose gel.

4. Isolate bands, purify fragments, and directly sequence using 50 TIR3.
IV.
 Amplification of 30 side flanking sequence

1. First round PCR

i. Mix the following.

5.0 mL 5� GoTaq buffer (Promega)

3.0 mL 25 mM MgCl2
5.0 mL DNAwith linker

0.5 mL 10 mM dNTPs
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0.5 mL 10 mM UP1

0.5 mL 10 mM 30TIR1
10 mL H20

0.2 mL Taq DNA polymerase (5 U/mL)

ii. Perform PCR using the following thermal profile.

1 cycle

94 �C 2 min

25 cycles

94 �C 20 s

65 �C 3 min

1 cycle

72 �C 5 min

iii. Dilute the PCR 1:25.

2. Second round PCR

i. Mix the following.

10.0 mL 5� GoTaq buffer (Promega)

6.0 mL 25 mM MgCl2
1.0 mL Diluted first round product

1.0 mL 10 mM dNTPs

1.0 mL 10 mM NUP2

1.0 mL 10 mM 50TIR2
31.0 mL H20

0.2 mL Taq DNA polymerase (5U/ml)

ii. Perform PCR using the following thermal profile.

1 cycle

94 �C 2 min

35 cycles

94 �C 20 s

65 �C 3 min

1 cycle

72 �C 5 min

3. Run the products on a 1.0% agarose gel.

4. Isolate bands, purify fragments, and directly sequence using 30 TIR3.
C. Genotyping

A 3-primer PCR genotyping protocol is used to determine the genotype of indi-

vidual embryos. Two of the three primers target the genomic DNA flanking the
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insertion and will produce an amplicon from the wild-type allele. The third primer is

specific to the insertion and will produce an amplicon with one of the other two

primers when the insertion is present. We have used the TIR primers in LM-PCR

protocol (50 TIR1, 50TIR2, 30 TIR1, and 30TIR2) as the gene-trap primers. However,

these TIR-specific primers are not ideal to distinguish the orientation of the gene

trap. To determine the orientation of the gene trap, we used either one of the two

primers that are internal of the FlEx modules (GT1 and GT2, Table I). When

designing the gene-specific primers, it is important to make sure that the size of

the amplicon from the wild-type allele is sufficiently different from the amplicon

from the mutant allele to easily distinguish them in a conventional agarose gel.
I.
 DNA isolation

1. For tailfin from adult fish

i. Anesthetize the fish in 0.05% MESAB.

ii. Cut the tail with a scalpel.

iii. Transfer the tail into a tube containing 250 mL of 20 mM NaOH.

iv. Place fish in individual plastic cups with 350 mL of system water.

2. For embryos

i. Place individual embryos in a tube containing 100 mL of 20 mM NaOH.

3. Incubate the samples at 95 �C for 20 min.

4. Add 1/5 volume of 1 M Tris.HCl to neutralize the samples.

i. 50 mL for tailfin, 20 mL for embryos
II.
 PCR

1. Prepare a PCR reaction cocktail sufficient for the number of samples.

i. For a single reaction

5� GoTaq buffer (Promega) 5.0 mL
Sterile water 15.0 mL
25 mM MgCl2 2.5 mL
10 mM gene-specific primer 1 0.5 mL
10 mM gene-specific primer 2 0.5 mL
10 mM transposon-specific primer 0.5 mL
Taq DNA polymerase (5 U/mL) 0.05 mL

2. Add 24 mL of PCR reaction cocktail to each PCR tube.

3. Add 1 mL of the DNA sample to the corresponding PCR tube.
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4. Perform PCR using the following thermal profile.

1 cycle

94 �C 2 min

35 cycles

94 �C 15 s

65 �C 15 s

72 �C 1 min/kb amplicon

1 cycle

72 �C 5 min

5. Run 15 mL of each sample on a 1–2% agarose gel depending on amplicon

size.
D. Work Flow for Using Conditional Mutations
Once the genomic location and orientation of the insertions have been deter-

mined, one can manipulate the orientation of the gene trap either using Cre or Flp

transgenic lines, or by RNA injection. Before utilizing a conditional mutation, one

should determine whether the gene of interest is expressed in the target tissue as

well as other tissues. One should also determine whether global inactivation of the

gene of interest causes a discernable defect outside of the target tissues. Due to the

greater availability of transgenic Cre lines in zebrafish, Flp recombinase is ideal

for germline inversion. Although transgenic Flp lines can be used, we prefer to

globally invert the gene trap by injecting Flp RNA into the 1-cell embryos, which

can result in 100% germline inversion. By injecting the Flp RNA into progeny of a

gene-trap carrier and a Cre transgenic fish, one accomplishes both germline

inversion and generation of Cre-expressing carriers of conditional alleles in one

generation. We prefer to use a male Cre carrier in these cases. In our hands we

have found that even when Cre expression is driven by a previously characterized

tissue-specific promoter with no maternal activity as indicated by a fluorescent

reporter, germline inversion may still occur. This is potentially because the amount

of Cre protein required for recombination is much less than the amount of

fluorescent protein needed for visual detection. Therefore, using a male Cre

carrier avoids the complication of germline inversion. The following outlines

how conditional mutations can be manipulated depending on the initial orientation

of the insertion.
E. Starting with a Nonmutagenic Insertion
I.
 Global gene inactivation

a. Cross the insertion carriers with wild-type fish.
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b. Inject Flp RNA in one-cell stage progeny and raise to maturity.

c. Identify injected fish with high levels of germline inversion.

i. Cross the injected fish with wildtype.

ii. Determine insert orientation in 48 embryos to determine frequency of

inversion.

d. Incross fish with high levels (close to 100%) of germline inversion and

observe progeny for phenotypes.
II.
 Tissue-specific gene inactivation.

a. Cross the insertion carriers with Cre transgenic fish.

b. Identify double carrier progeny.

c. Cross a double carrier to a Cre-negative, insertion carrier and observe

progeny for a phenotype in the target tissue.
III.
 Tissue-specific rescue

a. Cross the insertion carriers with Cre transgenic fish.

i. Inject Flp RNA in one-cell stage embryos and raise to maturity

b. Identify injected fish with high levels of germline inversion.

i. Cross the injected fish with wildtype.

ii. Determine insert orientation in 48 embryos to determine frequency of

inversion.

c. Genotype the fish with high levels of germline inversion for the Cre

transgene.

d. Cross a germline inverted, Cre-positive fish to a germline inverted Cre-

negative fish and observe progeny for rescue of phenotype presented in
global inactivation mutants.
F. Starting with a Mutagenic Insertion
I.
 Global gene inactivation

a. Cross two insertion carriers and observe embryos for phenotypes.
II.
 Tissue-specific gene inactivation.

a. Cross the insertion carriers with Cre transgenic fish.

i. Inject Flp RNA in one-cell stage embryos and raise to maturity.

b. Identify injected fish with high levels of germline inversion.

i. Cross the injected fish with wildtype.

ii. Determine insert orientation in 48 embryos to determine frequency of

inversion.
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c. Cross a double germline inverted, Cre-positive fish to a Cre-negative, germ-

line inverted fish and observe progeny for a phenotype in the target tissue.
III.
 Tissue-specific rescue

a. Cross the insertion carriers with Cre transgenic fish.

b. Identify double carrier progeny.

c. Cross a double carrier to a Cre-negative, insertion carrier and observe
progeny for the rescue in the target tissue.
G. Injection of Cre or Flp RNA
I.
 Prepare RNA using mMESSAGE mMACHINE (Ambion, Austin, TX) accord-

ing to manufacturer’s instructions

a. Dilute the RNA to 300 ng/mL and store in 2 mL aliquots at�80 �C until use.
II.
 Injection

a. Dilute RNAwith RNAse/DNAse free water to 100 ng/mL.
b. Inject 1 nL (100 pg RNA) into the cell of one-cell stage embryos.

c. Keep injected embryos (not more than 70 per dish) in 0.3�Danieau solution

plus antibiotics.
III.
 Recovery

a. 4–6 h after injection remove unfertilized and dead embryos.

b. 24 h after injection remove any dead embryos.

c. 3 days after injection once the embryos hatch, change the solution to anti-

biotic-free 0.3� Danieau solution, removing the chorions and any abnormal

embryos.

d. 5 days after injection begin feeding the larvae and raise to maturity.
VI. Discussion
This approach to generate and use conditional mutations should allow gene

functions to be investigated not only in the entire organism but also in a tissue-

specific manner. Although this approach is not as efficient as tilling or retroviral

mutagenesis and is not targeted as ZFN mutagenesis, these types of alleles will have

a greater utility and are worth the effort. An ambitious goal is to achieve a scale large

enough to approach genome saturation. With the availability of multiple transposon

systems and the ease of generating insertions using them, this could be achieved. An

attractive perspective is for many laboratories to perform conditional gene-trap

mutagenesis using different transposon vectors. This will insure the most efficient

production of conditional mutations with minimal redundancy.
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An essential component to achieve spatial and temporal control of gene inacti-

vation is the availability of suitable Cre- and Flp-expressing lines. In mice, a large

collection of such lines has been generated by many labs over the past 15 years [Cre

transgenic database, http://www.mshri.on.ca/nagy/Cre-pub.html]. Comparatively,

very few lines suitable for conditional gene inactivation exist in zebrafish. The

majority of lines used in zebrafish have been based on the hsp70 promoter, although

several labs have recently used specific promoters to express the Cre recombinase

in a cell/tissue-specific manner, for example, Cre lines specific for cardiomyocytes

(Boniface et al., 2009; Jopling et al., 2010; Kikuchi et al., 2010), oocytes (Liu et al.,

2008), pancreatic beta-cells (Hesselson et al., 2009) among others. The predomi-

nantly used Cre transgenic line has been Tg(hsp70:Cre) which in theory allows

spatial and temporal regulation of Cre expression (Halloran et al., 2000). However,

the zebrafish hsp70l promoter has basal activity in the absence of heat shock

(Blechinger et al., 2002; Le et al., 2007; Scott et al., 2007) and can be induced

even at standard laboratory conditions (Feng et al., 2007) including in germ cells.

Another way to achieve precise control of recombinase activity is to use a condi-

tional variant of Cre. The most commonly used conditional recombinase is Cre

fused to mutant versions of the ligand-binding domain of estrogen receptors that are

insensitive to endogenous hormone but remain sensitive to tamoxifen, a synthetic

anti-estrogen (Casanova et al., 2002; Feil et al., 1997; Hayashi and McMahon,

2002; Indra et al., 1999). The combination of a tissue-specific promoter and a

tamoxifen-inducible Cre could provide a powerful means for gene functional anal-

ysis. However, for robust analysis of tissue-specific inhibition, the majority of cells

in the tissue would need to be affected. There is some question of the ligand-induced

efficiency of the Cre-ER and Cre-ERT2 fusion proteins and the ability to affect

all cells.
VII. Summary
We have presented here an approach to generating conditional mutations in

zebrafish. The core of this approach rests with an asymmetrically mutagenic

gene-trap vector and FlEx modules which allow two rounds of stable inversion.

This allows the insertion to be flipped from a nonmutagenic to a mutagenic orien-

tation in a tissue- or temporal-specific manner using an appropriate Cre or Flp

transgenic line. Through large-scale, community-wide efforts incorporating differ-

ent transposon systems, extensive genome coverage can be achieved. This will likely

allow conditional mutagenesis of most genes of interest and further extend the

usefulness of the zebrafish.
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Abstract
The Tol2 transposable element was originally found in the genome of the Japanese

medaka fish (Oryzias latipes). Tol2 contains a gene encoding an active transposase

that can catalyze DNA transposition in vertebrate cells. In zebrafish, Tol2 generates

genomic integrations in the germ cells very efficiently. By using the Tol2 transpo-

sition system, we have developed important genetic methods including transgenesis,

gene trapping, enhancer trapping, and the Gal4-UAS system in zebrafish. In this

chapter, we describe how these methods can be performed.
I. Introduction
The Tol2 transposable element, which was found in the genome of the Japanese

medaka fish (Oryzias latipes), belongs to the hAT family of transposons that includes

hobo of Drosophila, Ac of maize, and Tam3 of snapdragon (Koga et al., 1996). The

Tol2 element is an autonomous transposon that contains a gene encoding an active

transposase (Kawakami et al., 1998; Kawakami and Shima, 1999) (Fig. 1A). By using

the Tol2 element, transgenesis methods have been developed in various vertebrate

cells (Kawakami, 2007). In zebrafish, a plasmid DNA containing a non-autonomous

Tol2 construct (a Tol2-donor plasmid) and mRNA synthesized in vitro encoding the

transposase are injected into fertilized eggs. The Tol2 construct transposes from the

plasmid to the genome in the germ lineage during embryonic development very

efficiently, and more than 50% of the injected fish can transmit Tol2 insertions to

the next generation (Kawakami et al., 2000, 2004). Therefore the Tol2 system has

become an essential tool for transgenesis in zebrafish.

The Tol2 element contains DNA sequences that are recognized by the transposase

and are essential for transposition. The minimal cis-sequences necessary for trans-

position are short, that is, 200-bp and 150-bp of DNA from the left and right ends of

the original Tol2 element (Fig. 1A) (Urasaki et al., 2006). This enabled construction

of compact Tol2 vectors in our lab and also in other labs (Balciunas et al., 2006;

Urasaki et al., 2006).

Any DNA fragment can be cloned between these cis-sequences. Unlike retroviral

vectors and other transposon vectors belonging to the Tc1/mariner family, the Tol2

vector has fairly large cargo capacity. Namely, �10-kb DNA can be cloned without

reducing the transpositional activity (Urasaki et al., 2006). Moreover, we recently

showed that DNA fragments of much larger sizes, such as BAC plasmids, can be

cloned between the cis-sequences, and the entire construct can be integrated through

transposition (Suster et al., 2009b). This Tol2-mediated BAC transgenesis method

will be useful for analysis of cis-regulatory elements scattered in the genome, for

rescue of mutant phenotypes, and for targeted expression of desired genes.

From single germline transmitting founder fish, six to seven insertions are typically

transmitted to the offspring (Kawakami et al., 2004; Urasaki et al., 2006). This feature,

together with high germline transmission rates, enables us to generate thousands of
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Fig. 1 Transgenesis by using the Tol2 transposable element. (A) Structures of the Tol2 element and of

the plasmid to synthesize the transposase mRNA. Full-length Tol2 consists of 4682 bp and encodes a gene

for transposase (dotted lines indicate introns). T2AL200R150G contains 200-bp and 150-bp DNA from

the left (L) and the right (R) termini of Tol2 (open boxes with triangles), the Xenopus EF1a promoter

(ef1a-p), the rabbit b-globin intron, the GFP gene, and the SV40 polyA signal (pA). Unique restriction

2. Tol2-mediated Transgenesis, Gene Trapping, Enhancer Trapping, and the Gal4-UAS System 25
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Tol2 insertions rather easily thus facilitating development of important genetic meth-

ods. First, we created gene trap and enhancer trap methods, and a number of fish

expressing GFP in temporally and spatially restricted patterns have been produced

(Kawakami et al., 2004; Nagayoshi et al., 2008; Parinov et al., 2004). Second, we

combined the Gal4-UAS systemwith gene trapping and enhancer trapping to generate

fish expressing the Gal4 transcription activator in specific cells, tissues, and organs

(Asakawa et al., 2008; Davison et al., 2007; Scott et al., 2007). These transgenic

zebrafish lines should be extremely useful tools because they can be used to express

specific genes in desired locations and at desired developmental stages.

In this chapter, we describe how these Tol2-based genetic methods can be

implemented.
II. Transgenesis by Using the Tol2 Transposable Element

A. Rationale
A Tol2-donor plasmid DNA and the transposase mRNA (Fig. 1A) are introduced

into zebrafish fertilized eggs by microinjection. In the injected embryos, the trans-

posase protein is synthesized and catalyzes excision of the Tol2 construct from the

donor plasmid. The excised Tol2 construct integrates into the genome during embry-

onic development, and some cells harboring Tol2 insertions in the genome differ-

entiate into germ cells. When such injected fish are used for mating, transgenic fish

will be obtained in the progeny. In the example shown here, ubiquitous expression of

GFP is driven by the EF1a promoter (Fig. 1B).
B. Methods

1. Synthesis of Transposase mRNA In vitro
1.
Fig
cDN
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inte
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Linearize pCS-zTP (Fig. 1A) by digestion with NotI and use it as a template to

synthesize mRNA according to the protocol in the mMESSAGE mMACHINE

SP6 Kit (Ambion Inc., Austin, TX).
. 1 (Cont.) enzyme sites are indicated. pCS-zTP carries a codon-optimized Tol2 transposase
A. (B)A scheme for transgenesis in zebrafish. The transposase mRNA synthesized in vitro and

asmid DNA containing the Tol2 construct are co-injected into fertilized eggs. The transposase
tein synthesized from the mRNA catalyzes excision of the Tol2 construct from the plasmid and
gration of the excised Tol2 into the genome. The injected embryos are raised and crossed with
d-type fish. The integrated Tol2 construct is transmitted to the F1 generation. (C)
ctrophoresis of the synthesized transposase mRNA on a standard agarose/TAE gel. Two bands
detected presumably due to its higher-order structure. (D) Electrophoresis of PCR products
erated by excision assay. After excision of the Tol2 construct, the DNA double strand break on
donor plasmid is repaired and re-ligated. Therefore, PCR using the exL and exR primers that
located at both sides of the Tol2 construct generates short PCR products from the backbone
mid. The PCR products are detected in embryos injected with both the transposase mRNA
the donor plasmid, but not in embryos injected only with the donor plasmid. (See color plate.)
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2.
 Purifiy the transposase mRNA by using ‘‘Quick Spin Columns for radiolabeled

RNA purification’’ (Roche, Indianapolis, IN), then precipitate the mRNA and

resuspend it in nuclease-free water at 250 ng/mL.

3.
 Analyze the product by gel electrophoresis. For electrophoresis ofRNA, a denaturing

gel is preferable, but, alternatively, a standard agarose/TAEgel can be used (Fig. 1C).
2. Preparation of a Tol2-donor Plasmid
1.
 Clone the desired DNA fragment into an appropriate Tol2 vector, for instance

either by using the XhoI and BglII sites on T2AL200R150G (Urasaki et al., 2006)

(Fig. 1A) or by using the Tol2 vectors with the Gateway system (Kwan et al.,

2007; Villefranc et al., 2007).
2.
 Prepare the transposon-donor plasmid DNA using QIAfilter Plasmid Maxi Kit

(QIAGEN), purify the recombinant plasmid once by phenol/chloroform extrac-

tion, precipitate it with ethanol, and suspend the plasmid in nuclease-free water at

250 ng/mL.
3. Microinjection
1.
 Put male and female adult zebrafish in a mating box in the evening and collect

fertilized eggs in the next morning (Fig. 2A). Microinjection should be carried

out at the one-cell stage, within 30 min post fertilization.
2.
 Make an injection ramp by using 1% agarose, a glass plate, and a 6-cm plastic

dish (Fig. 2B). Create fine needles for microinjection by using a glass capillary

(GC-1, Narishige, Japan) and a puller (PC-10, Narishige, Japan). Cut the tip with

a surgical blade (No. 11, Akiyama MEDICAL MFG. CO., Japan).
3.
 Prepare DNA/RNA solution by mixing the following components: 10 mL of

0.4 M KCl, 2 mL of Phenol Red solution (Sigma-Aldrich, St. Louis, MO),

2 mL of 250 ng/mL transposase mRNA, 2 mL of 250 ng/mL Tol2-donor plasmid

DNA, and 4 mL of nuclease-free water (final volume 20 mL). Before injection,
centrifuge the mixture at the maximum speed for 1 min to precipitate and remove

debris that may clog the injection needle. Transfer the upper 18 mL to a new tube.
4.
 Fill the DNA/RNA solution into the glass capillary from the backside by using a

Microloader tip (Eppendorf, Germany). Attach the filled capillary to a holder (No.

11520145, Leica, Germany) and connect the holder to a 10 mL syringe via a Teflon

tube (inner diameter: 0.56 mm, Chukoh Chemical Industries, Japan) (Fig. 2C).
5.
 Inject�1 nL of the DNA/RNA solution (the approximate volume can be measured

by observing the diameter of the injected bolus by eye) into the cytoplasm of

fertilized eggs (Fig. 2D). Incubate the injected embryos in a plastic dish at 28 �C.
4. Excision Assay
To confirm that transposition reaction has occurred, the excision assay should be

performed in a subsample of embryos (Kawakami and Shima, 1999) (Fig. 1B).
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Fig. 2 Apparatus and tools for mating and microinjection. (A)A zebrafish mating box (Aquaschwarz,

Germany). Male/female pairs of adult zebrafish are placed in a plastic tank with a sieve insert through

which fertilized eggs settle, thus separating them from the parents. (B) An agarose ramp for microinjec-

tion. Melted 1% agarose is poured in a 60 mm Petri dish and then a glass plate is placed to create a slant.

(C)Microinjection apparatus. A glass capillary is attached to a holder and connected to a syringe through

a Teflon tube. The DNA/RNA mixture is backloaded into the capillary prior to attachment to the holder.

(D)Microinjection is performed under a stereoscope. The left hand provides air pressure to the capillary.

(See color plate.)
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1.
 About 10 h after microinjection, transfer several of the injected embryos one by

one to 0.2-mL strip tubes (eight tubes per strip). Remove water and add 50 mL of

lysis buffer (10 mM Tris-HCl pH8.0, 10; mM EDTA, 200 mg/mL proteinase K).

Incubate the sample at 50 �C for 2 h to overnight.
2.
 Inactivate the proteinase K by heating at 95 �C for 5 min. Prepare PCR reaction

mixture containing 1 mMprimers (exL and exR), buffer, Hi-Fi taq (Roche), and 1

mL of the sample. Perform PCR; 35cycles of 94 �C for 30 s; 55 �C for 30 s; 72 �C
for 30 s, and analyze the PCR product on 1.5% gel electrophoresis.When the Tol2

portion is excised from the donor plasmid, the backbone plasmid is re-ligated and

DNAwithout Tol2 will be amplified (Fig. 1D).

exL: 50-ACC CTC ACTAAA GGG AAC AAA AG-30

exR: 50-CAA GGC GAT TAA GTT GGG TAA C-30
5. Identification of Transgenic Fish
1.
 Raise the remaining injected embryos to the sexual maturity. This usually takes

about 3 months.
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2.
 Cross the injected fish with wild type fish and analyze the offspring. When the

transgene includes sequence for an in-frame fluorescent marker, such as GFP,

monitor expression in embryos using a stereomicroscope equipped for epifluor-

escence. Pick GFP-positive embryos and raise them.
3.
 Alternatively, collect a subsample (�50) of the day1-embryos for PCR analysis.

Place embryos into a microtube, add 250 mL DNA extraction buffer (10 mM

Tris-HCl pH8.2, 10 mM EDTA, 200 mM NaCl, 0.5% SDS, 200 mg/mL protein-

ase K) and incubate them at 50 �C overnight. Purify embryonic DNA by phenol/

chloroform extraction, precipitate with ethanol, and resuspend in 50 mLTE. Use

1 mL of the DNA sample for PCR (35 cycles of 94 �C for 30 s; 55 �C for 30 s;

72 �C for 30 s) using transgene specific primers. When a PCR-positive F1 pool is

found, raise their siblings and analyze them individually at the adult stage for the

presence of the transgene by PCR of caudal fin clips.
4.
 We highly recommend analyzing the F1 fish by Southern blot hybridization to

identify fish with single Tol2 insertions. F1 fish often carry multiple insertions,

and this may complicate further analyses. When all of the F1 fish analyzed carry

multiple insertions, cross fish with the smallest number of insertions towild type

fish, raise F2 offspring, and analyze F2 fish again by Southern blot hybridization

(see below).
C. Materials
pCS-zTP:A codon-optimized version of the transposase cDNAwas cloned into pCS+

(Rupp et al., 1994; Turner and Weintraub, 1994), resulting in pCS-zTP (Fig. 1A).

Tol2 vectors: Our standard vector pT2AL200R150G contains 200-bp and 150-bp

DNA from the left and right ends of Tol2, respectively (Fig. 1A) (Urasaki et al.,

2006). A foreign DNA can be cloned between these sequences using unique BglII

and XhoI sites. Recently, to simplify the cloning process, Kwan et al. and Villefranc

et al. constructed Tol2 vectors containing sequences for the Gateway technology

(Kwan et al., 2007; Villefranc et al., 2007). By using these Tol2-Gateway plasmids,

any DNA fragment cloned in an entry vector, for instance pCR8/GW/TOPO

(Invitrogen, Carlsbad, CA), can be transferred into those Tol2 vectors through

recombination between attL and attR sites catalyzed by LR clonase.
D. Discussion
Transgenesis using the Tol2 transposon system is highly efficient. 50–70% of fish

injected with the Tol2 system at the one-cell stage and grown up to the adulthood are

germline-transmitting founder fish that can transmit the transgene to their offspring.

In addition, Tol2-mediated transgenesis has the following merits. First, transgenic

fish carrying a single copy transgene integration can easily be created, whereas

transgenic fish constructed by the plasmid DNA injection method often carry

transgene concatemers at a single locus whose expression is silenced

(Stuart et al., 1988). Second, end-to-end integration of the transgene is guaranteed.
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Third, the transposon insertion does not cause gross rearrangement of the integration

locus. Since the integration site is clean, it can be analyzed by PCR-based methods

such as inverse PCR (Kawakami et al., 2000, 2004), and adaptor-ligation PCR

(Kotani et al., 2006; Urasaki et al., 2006).
III. Tol2-mediated BAC Transgenesis

A. Rationale
Large-insert bacterial artificial chromosomes (BACs) are useful tools for studies

of the regulation and function of genes. BAC DNA has been introduced into the

zebrafish genome by microinjection of the BAC clones into fertilized eggs, but the

frequency of recovery of transgenic offspring is low (Yang et al., 2006). Recently, we

demonstrated that the Tol2 transposon system can be applied to BAC transgenesis in

zebrafish and mouse (Suster et al., 2009b). To this end, we developed the iTol2

cassette, which enables introduction of the Tol2 cis-sequences essential for trans-

position into BAC plasmids (Suster et al., 2009b) (Fig. 3A). The iTol2 cassette is

incorporated into a BAC clone by recombineering (homologous recombination) in

E. coli (Warming et al., 2005), and the resulting Tol2-BAC plasmid is injected into

fertilized eggs with transposase mRNA (Fig. 3). The Tol2-BAC construct integrates

into the zebrafish genome in the germ lineage efficiently and is transmitted to the

progeny from 5–20% of the injected fish.
B. Methods

1. Preparation of a BAC Plasmid
1.
 Identify a BAC clone containing your gene of interest by using resources avail-

able on the ZFIN database or by querying to the Ensembl genome browser. BAC

clones from the zebrafish genomic BAC library CHORI-211, which were used

for the zebrafish genome sequencing project at Sanger Institute, can be purchased

from imaGenes (http://www.imagenes-bio.de/) or from the BACPAC Resource

Center (http://bacpac.chori.org/home.htm).
2.
 Cultivate E. coli transformed with the BAC clone of interest in 5 mL LB with

12.5 mg/mL chloramphenicol (in a 15 mL Falcon tube) overnight.
3.
 Collect the bacteria by centrifugation at 4000 rpm for 5 min. Remove the super-

natant and dissolve the pellet in 250 mL buffer P1 (QIAprep Spin Miniprep Kit,

Qiagen).
4.
 Add 250 mL of the kit’s P2 buffer to the suspension. Mix gently by inverting and

incubate for 5 min at room temperature.
5.
 Add 250 mL of N3 buffer to the suspension. Mix gently by inverting and incubate

for 5 min on ice.
6.
 Centrifuge the suspension twice at 15,000 rpm for 5 min; be sure to transfer the

first supernatant to a new tube. Recover the supernatant.

http://www.imagenes-bio.de/
http://bacpac.chori.org/home.htm
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Fig. 3 Tol2-mediated BAC transgenesis. (A) Structures of the iTol2 cassettes. The cis-sequences

required for transposition are shown by open boxes with black triangles (black triangles indicate terminal

inverted repeats and their orientations). Note that the cis-sequences are inverted in the iTol2 cassette.

iTol2-galK, iTol2-amp, and iTol2-kan contain the galK, ampicillin resistance, and kanamycin-resistance

genes, respectively. (B) Schema for BAC plasmid recombineering for zebrafish transgenesis. Host cells

are E. coli SW102. Left: integration of the galK sequence into a target site on BAC by homologous

recombination. Center: replacement of the galK cassette with the gfp cassette by homologous

2. Tol2-mediated Transgenesis, Gene Trapping, Enhancer Trapping, and the Gal4-UAS System 31
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Add 750 mL isopropanol to the supernatant to precipitate BACDNA.Mix gently,

incubate on ice for 10 min, and centrifuge for 10 min at 15,000 rpm. Wash the

pellet in 70% ethanol and then allow it to air-dry. Approximately 1–1.5 mg of

DNAwill be obtained.
8.
 Dissolve the pellet in 50 mLTE. Use the sample for restriction enzyme analysis,

for sequencing, and for transformation of E. coli SW102 cells.
2. Transformation of SW102 Cells with BAC DNA
1.
 Incubate SW102 bacteria in 5 mL LB overnight with tetracycline (20 mg/mL) at

32 �C.

2.
 Transfer 500 mL of the culture into 25 mL LB with tetracycline (20 mg/mL).

Grow bacteria at 32 �C to OD600 = 0.6 (� 4 h).
3.
 Cool the SW102 culture in an icewater bath for 5 min and transfer aliquots of 10 mL

into pre-chilled 15 mL Falcon tubes. Pellet cells by centrifugation at 0 �C for 5 min.

Place the tubes on ice, remove the supernatant, and re-suspend the cells in 2 mL ice-

cold H2O by gently pipetting with a 10 mL pipette. Add 8 mL ice-cold H2O and

collect the cells by centrifugation (0 �C, 5 min). Repeat this step once more.
4.
 After the final centrifugation, remove the supernatant from each tube. The pellets

in the tubes should be �50 mL. Transfer 25 mL of each pellet to a pre-chilled

microtube. Add 1–5 mL (�25–100 ng) BAC DNA and incubate the cell–DNA

mixture on ice for 5–10 min.
5.
 Transfer the cells to a pre-chilled electroporation cuvette (BioRad, CA, USA) and

transform by using a MicroPulser (BioRad) pre-set to condition Ec1.
6.
 Transfer the bacteria to a tube with 1 mL LB medium, and incubate at 32 �C for

1 h. Spread the transformed bacteria on LB agar plates with 12.5 mg/mL chlor-

amphenicol (BAC clones from the CHORI-211 library carry the chloramphen-

icol-resistance gene). Incubate at 32 �C overnight.
3. Introduction of the GFP Gene (or Any Gene of Interest) into BAC by Recombineering
1.
.

C
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Amplify the galK cassette (Fig. 3B) by PCR using 1–2 ng of the pgalK plasmid

and primers which contain 50-nt extensions that are homologous with target

sequences on the BAC plasmid.
2.
 Digest the PCR product with DpnI to remove the template plasmid DNA. Then

electrophorese the DNA on an agarose gel, excise the gel slice containing the
3 (Cont.) recombination and galK negative selection.Right: integration of the iTol2 cassette
a second target site in the gfp BAC by homologous recombination. (C) Schema for Tol2-
transgenesis in zebrafish. The Tol2-BAC plasmid containing a recombineered gene of

est (gfp in this example) is co-injected with transposase mRNA into the cytoplasm of fertilized
(one-cell stage). Transposase excises the Tol2-BAC fragment (bearing the gene of interest),
h integrates as a single copy insertion into a single genomic locus. (See color plate.)
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galK DNA fragment, and recover the DNA using the QIA quick gel extraction

kit (QIAGEN).
3.
 Add 500 mL of an overnight culture of SW102 cells harboring the BAC of

interest to 25 mL LB plus chloramphenicol (12.5 mg/mL). Grow cells at

32 �C to OD600 = 0.6 (�4 h).
4.
 Heat-shock the cells at 42 �C for 15 min.
5.
 Wash the cells twice as described in step III.B.b-3.
6.
 Transform the cells with the galK cassette DNA (10–30 ng) by electroporation

as described in step III.B.b-4 and step III.B.b-5.
7.
 Transfer the bacteria to a tubewith 1 mLLBmedium and incubate at 32 �C for 1 h.
8.
 Wash the bacteria twice with 1� M9 medium (1 mL) by centrifugation and

resuspension. Resuspend the pellet in 1 mL 1�M9medium, and plate cells onto

M63 minimal medium plates with galactose, leucine, biotin, and chloramphen-

icol (12.5 mg/mL). Incubate at 32 �C for 3 days.
9.
 Pick colonies and streak on MacConkey/galactose indicator plates containing

chloramphenicol (12.5 mg/mL). Incubate the plates at 32 �C overnight. Pick

single bright red (Gal+) colored colonies and cultivate in 5 mL LB medium

containing chloramphenicol (12.5 mg/mL) at 32 �C overnight. These colonies

should harbor recombinant BAC clones with the galK cassette and its homology

arm extensions.
10.
 Amplify the gfp cassette (Fig. 3B) by PCR using any plasmid containing the gfp

gene and primers which contain 50-nt extensions that are homologous with the

target sequences flanking the galK sequence on the BAC plasmid. Digest the

PCR product with DpnI and purify by electrophoresis and gel extraction as

described in step III.B.c-2.
11.
 Repeat steps III.B.c-3 through -6 to introduce the extended gfp cassette into

SW102 cells harboring the galK-modified BAC.
12.
 Transfer cells to 10 mL LB medium and incubate the culture at 32 �C for 4.5 h.
13.
 Wash the bacteria twice with 1 �M9 medium (1 mL) by centrifugation and

resuspension. Resuspend the pellet in 1 mL 1 �M9 medium and plate cells

onto M63 minimal medium plates with glycerol, leucine, biotin, 2-deoxygalac-

tose (DOG), and chloramphenicol (12.5 mg/mL). Incubate at 32 �C for 3 days.
14.
 Pick 10–12 colonies, prepare BAC plasmid DNA as described above (III.B.a1-

8), and analyze the inserts by restriction enzyme digestion. Compare the diges-

tion patterns with those of the parental BAC plasmid and then confirm success-

ful homologous recombination by DNA sequencing. In the example shown in

Fig. 3B, the expected outcome is the replacement of the galK cassette by the gfp

cassette with maintenance of the flanking homology arms.
4. Introduction of Tol2 Sequences into BAC Clones by Use of the iTol2 Cassette and
Recombineering
1.
 Amplify an appropriate iTol2 cassette (Fig. 3A) by PCR using 1–2 ng of plasmid

DNA (piTol2-amp, piTol2-kan, or piTol2-galK) and primers which contain 50-nt
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extensions that are homologous with a second pair of target sequences on the

BAC plasmid.
2.
 Introduce the extended iTol2 cassette into SW102 cells harboring the previously

recombineered BAC (Section III.B.c) by electroporation. Pick positive recombinant

clones by selection using antibiotics or by galK selection (steps III.B.c-8 and -9).

Positive colonies should harbor a BAC clone that contains two inserts: (1) gfp or

another gene of interest and (2) the iTol2 cassette at a second locus. We refer to this

two-insert construct as Tol2-BAC.
5. Preparation of Tol2-BAC DNA and Microinjection
1.
 Grow SW102 cells containing the Tol2-BAC clone and isolate Tol2-BAC plasmid

DNA by using NucleoBond BAC 100 (MACHEREY-NAGEL). Purify the plas-

mid DNA by performing three phenol extractions, one phenol/chloroform extrac-

tion, and one ethanol precipitation. Resuspend the DNA in nuclease-free water at

250 ng/mL.

2.
 Tol2-BAC plasmid and Tol2 transposase mRNA are mixed at final concentrations

of 50 ng/mL and 25 ng/mL, respectively, in 0.2 MKCl. Inject approximately 1 nL

of the DNA/RNAmixture into the cytoplasm of one-cell stage embryos. Raise the

injected fish to sexual maturity (Fig. 3C).
3.
 Cross each injected fish with wild type fish. Analyze more than 100 embryos per

mating. If the gfp gene was inserted into the BAC, Pick GFP-positive embryos

and raise them.
4.
 For other genes of interest, assay for transgenesis by PCR using genomic DNA

extracted from a pool of F1 embryos and gene-specific primers (see II.B.e-3).
C. Materials
SW102 bacteria: SW102 (mcrA D(mrr-hsdRMS-mcrBC) DlacX74 deoR recA1

endA1 araD139 D(ara, leu)7649 galU rspL nupG F80dlacZDM15 [lcI857 (cro-

bioA)<>tet] DgalK) harbors a defective l prophage ([lcI857 (cro-bioA)<>tet])

that encodes the heat-inducible recombinase, and has a deletion in the galactokinase

gene (DgalK) (Warming et al., 2005). Galactokinase is required for SW102 to grow

on minimal medium containing galactose as a sole sugar source. Galactokinase also

catalyzes the phosphorylation of a galactose analog, DOG, which leads to accumu-

lation of the toxic metabolite, 2-deoxy-galactose-1-phosphate, in the cell (Alper and

Ames, 1975). Thus, the galK system can be used for both positive and negative

selection. Consequently, BAC DNA can be modified without introduction of an

unwanted selectable marker at the modification site.

pgalK plasmid and primers: pgalK has the galK ORF and the prokaryotic em7

promoter (Warming et al., 2005). To introduce the galK gene into a BAC by

homologous recombination, select two target sequences (homology arms; 50 bp

each) from the BAC clone of interest. Synthesize galK primers that incorporate
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the homology arm sequences at their 50 ends. The target sequences on the BAC may

be adjacent or separated.When the target sequences are separated, the DNA between

them will be deleted after homologous recombination.

Forward primer: 50- ‘‘50-nt target sequence’’-CCTGTTGACAATTAATCATCGG

CA-30

Reverse primer: 50- ‘‘50-nt target sequence’’-TCAGCACTG TCC TGC TCC TT-30

gfp plasmid and primers: pT2AL200R150G (Fig. 1A) is used to amplify the gfp

gene. For homologous replacement of the galK gene by the gfp gene (or other gene of

interest), the same BAC target sequences (homology arms) employed to insert the

former are incorporated at the 50 ends of the primers used to amplify the gfp

sequence.

Forward Primer: 50- ‘‘identical 50-nt homology arm’’-GTG AGC AAG GGC GAG

GAG CTG-30

Reverse primer: 50- ‘‘identical 50-nt homology arm’’-CTT TAA AAA ACC TCC

CAC ACC TCC C-30

iTol2-galK, iTol2-amp, and iTol2-kan plasmids and primers: These plasmids

contain the galK gene, ampicillin-resistance gene, and kanamycine-resistance gene,

respectively, between inverted Tol2 left and right sequences, respectively (Fig. 3A).

These plasmids are used to synthesize iTol2 cassettes. Select two target sequences

(50-nt each) on a BAC plasmid that differ from the homology arms used for insertion

of gfp or other gene of interest. Incorporate these sequences at the 50 ends of the
primers used to amplify the iTol2 cassettes.

Forward primer of iTol2 cassette: 50- ‘‘50-nt homology arm’’-CCC TCT CGA GCC

GGG CCC AAG TG-30

Reverse primer of iTol2 cassette: 50- ‘‘50-nt homology arm’’-ATT ATG ATC CTC

TAG ATC AGATCT-30
D. Discussion
We have successfully created several transgenic zebrafish lines using the BAC

recombineering methods described above. To demonstrate proof of principle, we

tested the ability of the Tol2 transposon to mobilize a relatively small BAC clone,

Fugu BAC 240G7 (containing �59 kb of DNA from the pufferfish evx1 locus and

obtained from Geneservice Ltd, UK) (Suster et al., 2009b). First, we introduced by

recombineering the Gal4FF sequence in frame at the start codon of the evx1 gene.

Second, we introduced the iTol2galK cassette �10-kb downstream of the evx1

gene. The resulting BAC plasmid, Tol2-Frevx1:Gal4-BAC (�65 kb), was injected

into zebrafish embryos with transposase mRNA. The injected fish were raised to

adulthood and used for mating. Transgenic progeny were obtained from 5% (2/40)

of the injected fish. The germline transmission frequencies in BAC transgenesis

with microinjection of naked DNA have been 1–3% (Yang et al., 2006) or lower.



36 Gembu Abe et al.
Thus, Tol2-mediated BAC transgenesis increases the germline transmission fre-

quency. Moreover, Tol2-Frevx1:Gal4-BAC integrated as single copies in the two

fish, and the integrations sites (on chromosomes 8 and 18, respectively) bore the

landmarks of transposase-mediated insertion. When these Tol2-Frevx1:Gal4-BAC

transgenic fish were mated to homozygous UAS:GFP reporter fish, Gal4FF

expression recapitulated that of the evx1 gene (Suster et al., 2009b) as shown

by detecting GFP fluorescence in the nervous system, including spinal neurons.

The successful outcome of this test motivated attempts to transpose BACs of

larger size.

Recently we integrated the iTol2 cassette into a BAC clone that contains�174-kb

DNA of the zebrafish fgf24 locus and the gfp gene. The resulting Tol2-BAC plasmid

was co-injected into zebrafish one-cell embryos with mRNA encoding a codon-

optimized transposase. The germline transmission frequency was 20%, which sig-

nificantly exceeded frequencies obtained in our prior transgenesis trials. The con-

struct integrated as a single copy and GFP expression in transgenic offspring was

identical to that observed for the wild-type fgf24 gene (G. Abe, unpublished). We

conclude that Tol2-mediated BAC transgenesis facilitates the high frequency, germ-

line insertion of BACs of large size into the zebrafish genome.
IV. Gene Trapping and Enhancer Trapping
with the Tol2 Transposon System

A. Rationale
Using Tol2-mediated transgenesis, one can generate hundreds to thousands of trans-

poson insertions in the zebrafish genome quickly and easily. We have taken advantage

of this transposition system to develop gene trap and enhancer trapmethods(Kawakami

et al., 2004; Nagayoshi et al., 2008; Parinov et al., 2004). Gene trap constructs

commonly contain an upstream 30-splice acceptor, coding sequence for the GFP gene

(or other reporter or selectable marker), and a downstream polyadenylation signal

sequence. After transposon-mediated integration into an intron, transcription of the

‘‘trapped’’ gene from its endogenous promoter, splicing and processing of the pre-RNA,

and translation of the mRNA lead to production of GFP (or other reporter). Thus, gene

trap constructs simultaneously inactivate a trapped gene while reporting its expression

pattern and providing a tag for its isolation and identification.Enhancer trap constructs

contain a minimal promoter (e.g., the zebrafish hsp70 promoter) and the GFP gene (or

other reporter). When an enhancer trap construct integrates into the genome and its

minimal promoter is activated by a nearby enhancer, GFP is expressed in a spatial

pattern dictated by the trapped enhancer (Fig. 4A and 4B). Because gene trap and

enhancer trap zebrafish often carry multiple insertions, GFP-positive F1s should be

analyzed by Southern blot hybridization to identify insertions that may be responsible

for the expression patterns. The integration sites of Tol2 gene trap and enhancer trap

constructs can be readily determined by inverse PCR and adapter ligation PCR.
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Fig. 4 Tol2-mediated gene trapping and enhancer trapping. (A) The structures of the gene trap

construct (T2KSAG) and enhancer trap construct (T2KHG). The cis-sequences are shown as open boxes

with black triangles. SA, pA, and hsp70-p indicate the splice acceptor of the rabbit b-globin gene, the

SV40 polyA signal, and the zebrafish hsp70 promoter respectively. (B) Schematic integration of the

gene trap and the enhancer trap constructs in the genome. <gene trapping>: Integration of the gene

trap construct within a putative gene and trapping of its transcript give rise to GFP expression.

<enhancer trapping>: Integration of the enhancer trap construct in a locus which is under the

influence of a putative genomic enhancer gives rise to GFP expression. (C) Search for useful gene trap

and enhancer trap fish through the zTrap database (http://kawakami.lab.nig.ac.jp/ztrap/). Transgenic

lines that express GFP or Gal4FF in regions of interest are shown by clicking a region name in the left

column. (See color plate.)
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B. Methods

1. Gene Trap and Enhancer Trap Screens
1.
 Co-inject fertilized eggs with a plasmid containing either the T2KSAG gene trap

construct or the T2KHG enhancer trap and the transposase mRNA. Raise the

injected fish.
2.
 Cross the injected fish each other or cross them with wild type fish.
3.
 Analyze the offspring. Observe GFP expression under a fluorescent microscope

at different stages (e.g., 24 hpf, 48 hpf, 72 hpf, and 5 dpf). Pick GFP-positive

embryos and raise them to adulthood.
4.
 To identify a gene or an enhancer trapped by the insertion, analyze genomic DNA

surrounding the insertion by Southern blot hybridization and adaptor-ligation

PCR or inverse PCR.
5.
 In some cases, a transposon insertion disrupts the function of an endogenous gene

(Kotani and Kawakami, 2008; Nagayoshi et al., 2008). To identify the insertional

mutation, mate heterozygous male and female fish that carry it. When the

insertion causes a recessive mutation, a mutant phenotype may be identified in

a quarter of the offspring.
2. Analysis of Tol2 Insertions by Southern Blot Hybridization
1.
 Clip caudal fins of the F1 fish and lyse the tissue in 200 mL of DNA extraction

buffer (10 mM Tris-HCl pH 8.2, 10 mM EDTA, 200 mM NaCl, 0.5% SDS,

200 mg/mL proteinase K) at 50 �C for 3 h to overnight. Purify DNA by phenol/

chloroform extraction, precipitate with ethanol, and suspend in 50 mL TE.

Approximately 20–30 mg DNAwill be obtained.
2.
 Digest 5 mg of the genomic DNAwith BglII, which cuts most of our transposon

constructs once. Perform electrophoresis by using 1%TAE–agarose gel. Confirm

the samples are completely digested.
3.
 Soak the gel in 0.1 N HCl for 15 min, rinse it with deionized water, soak it in

0.5 N NaOH for 30 min, rinse it with water, and transfer it in 10X SSC.
4.
 Place the gel in a vacuum transfer apparatus (BS-31, BIO CRAFT, Japan)

with Hybribond-N+ (GE Healthcare, England) presoaked in 10X SSC.

Perform transfer according to the manufacturer’s instructions. After

transfer, rinse the membrane in 2X SSC and dry completely at 50 �C for 1 h to

overnight.
5.
 Amplify the GFP DNA fragment by PCR using primers GFP-f1 and GFP-r1 and

T2KHG or T2KSAG as a template. When Southern blot hybridization is per-

formed for transgenic fish carrying the Gal4FF sequence (see Section V),

amplify the Gal4FF DNA fragment by PCR using primers Gal4FF-f2 and

Gal4FF-r2 and T2KhspGFF or T2KSAGFF as a template. Purify the DNA

fragment an agarose gel with QIAGEN. Label DNA with 32P-dCTP using

Prime-it II random labeling kit (Agilent Technologies, Palo Alto, CA). Purify

the labeled DNAwith mini-spin column (Roche).
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6.
 Soak the membrane in 25 mL preheated hybridization buffer (0.25 M Na2H3PO4

(adjust pH to 7.4 with H3PO4), 1 mM EDTA, 10 g/L bovine serum albumin

(BSA), 7% SDS) on a tray and together with buffer transfer into a hybridization

tube. Incubate in a hybridization oven at 65 �C for 1 h.
7.
 Remove hybridization buffer from the tube, then add 10 mL preheated hybrid-

ization buffer containing the labeled DNA probe. Perform hybridization at 65 �C
overnight.
8.
 Wash the membrane with �100 mL wash solution (0.1X SSC, 0.1% SDS) at

65 �C twice for 30 min each. Transfer themembrane on a tray and rinsewith 0.1X

SSC.Wrap themembrane in plastic wrap and place on an imaging plate (or X-ray

film) in an X-ray cassette. After exposure overnight, the image can be analyzed

by using BAS2500 (Fuji Photo Film) (Fig. 5A).
3. Identification of Tol2 Integration Sites by Inverse PCR
1.
 Digest 1 mg of genomic DNAwithMboI in 10 mL of reaction buffer at 37 �C for

1 h. Incubate the sample at 70 �C for 15 min. Add 430 mL H2O to the sample,

incubate at 70 �C for 10 min, and cool to 16 �C.

2.
 Add 50 mL 10X T4 DNA ligation buffer (TAKARA, Japan) and 2 mL T4 DNA

ligase, then incubate the sample at 16 �C for 3 h to overnight.
3.
 Add 50 mL of 3 M sodium acetate and 1 mL ethanol to the sample. Chill the

sample at�20 �C for 30 min. Centrifuge the sample at 15,000 rpm for 20 min at

4 �C. Rinse once with 70% ethanol and suspend in 20 mL H2O.
4.
 Using 10 mL of the ligation sample, perform the first PCR (30 cycles of 94 �C for

30 s; 57 �C for 30 s; 72 �C for 1 min) using Tol2-50inv-f1 and Tol2-50inv-r1 primers

for the 50 junction or Tol2-30inv-f1 and Tol2-30inv-r1 primers for the 30 junction.

5.
 Using 2 ml of the first PCRproduct, perform the second PCR (30 cycles of 94 �C for

30 s; 57 �C for 30 s; 72 �C for 1 min) using Tol2-50inv-f2 and Tol2-50inv-r2 primers

for the 50 junction or Tol2-30inv-f2 and Tol2-30inv-r2 primers for the 30 junction.

6.
 Analyze the PCR products on a 1.5% TAE–agarose gel, then extract from the gel

and perform sequencing (Fig. 5B).
4. Identification of Tol2 Integration Sites by Adaptor-ligation PCR
1.
 Digest 1 mg of genomic DNAwithMboI in 10 mL of reaction buffer at 37 �C for

1 h. Incubate the enzyme at 70 �C for 15 min. Ligate the DNA sample with the

GATC adaptor using T4 DNA ligase at 16 �C for 1–3 h.
2.
 Heat the sample at 70 �C for 15 min to inactivate the ligase and dilute 10-fold

with H2O. Use 1 mL of the diluted sample for 30–35 cycles of PCR (94 �C for

30 s; 57 �C for 30 s; 72 �C for 2 min) using primers Ap1 and L175-out for the 50

junction, and Ap1 and R175-out for the 30 junction.

3.
 Dilute the PCR product 10-fold with H2O and use 1 mL for second PCR. Thirty

cycles of PCR are carried out using primers Ap2 and L150-out for the 50 junction,
and Ap2 and R150-out for the 30 junction.
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Fig. 5 Molecular characterization of Tol2 insertions. (A) Southern blot hybridization analysis. Lanes

1–9 and 10–13 represent F1 fish from two different founder fish. Fish carrying a single Tol2 insertion are

identified. (B) A scheme for inverse PCR. Genomic DNA is digested with an appropriate restriction

enzyme. DNA fragments that contain the Tol2 sequence (thick lines) and flanking genomic sequences

(thin lines) are self-ligated to form circular DNAs. Then, DNA containing Tol2/genomicDNA junctions is

amplified by two-rounds of PCR using primers directed away from the central Tol2 sequence. Arrows

show positions and directions of the primers. (C) A scheme for adaptor-ligation PCR. Genomic DNA is

digested with an appropriate restriction enzyme and ligated to adaptors (open boxes). Then, the junction

fragments containing Tol2 and genomic DNA are amplified by two-rounds of PCR using primers in the

Tol2 sequence and the adaptor sequence.
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4.
 Analyze the PCR product on a 1.5% TAE–agarose gel, then purify and sequence

the DNA using primers L100-out for the 50 junction, and R100-out for the 30

junction (Fig. 5C).
5. Search for Useful Gene Trap and Enhancer Trap Fish on the zTrap Database
1.
 Useful gene trap and enhancer trap fish are searchable through the zTrap database

that we described recently (Kawakami et al., 2010). Go to http://kawakami.lab.

nig.ac.jp/ztrap/ and click the anatomical region of interest (Fig. 4C). Transgenic

fish that express GFP (or Gal4FF, see below) in specific cells, tissues, and organs

of interests will be shown. Information about the integration sites of the Tol2

constructs can also be seen.
C. Materials
Gene trap and enhancer trap constructs: For gene trapping, a plasmid containing

the T2KSAG construct is used. T2KSAG is composed of a splice acceptor from

rabbit b-globin intron, the EGFP gene, and the SV40 polyA signal (Kawakami et al.,

2004) (Fig. 4A). For enhancer trapping, a plasmid containing the T2KHGconstruct is

used. T2KHG is composed of the zebrafish hsp70 promoter, the EGFP gene, and the

SV40 polyA signal (Nagayoshi et al., 2008) (Fig. 4A). Other enhancer trap constructs

may also be used (Parinov et al., 2004).

Primers used to synthesize the GFP and Gal4FF probes:

GFP-f1: 50- ATG GTG AGC AAG GGC GAG GA-30

GFP-r1: 50-ACT TGTACA GCT CGT CCATGC CG-30

Gal4FF-f2: 50-ATG AAG CTA CTG TCT TCT-30

Gal4FF-r2: 50-TCTAGATTA GTTACC CGG-30

Primers used for inverse PCR:

Tol2-50inv-f1: 50- GTC ATG TCA CAT CTATTA CCA C-30

Tol2-50inv-r1 : 50- CTC AAG TAA AGTAAA AAT CC-30

Tol2-30inv-f1: 50- AGTACA ATT TTA ATG GAG TAC T-30

Tol2-30inv-r1 : 50- TGA GTATTA AGG AAG TAA AAG T-30

Tol2-50inv-f2 : 50- AAT GCA CAG CAC CTT GAC CTG G-30

Tol2-50inv-r2 : 50- CAG TAATCA AGTAAA ATTACT C-30

Tol2-30inv-f2 : 50- -TTTACT CAA GTA AGATTC TAG-30

Tol2-30inv-r2 : 50- AAA GCA AGA AAG AAA ACTAGA G-30

Adaptor and primers used for adapter ligation PCR:

GATC adaptor: AL (50-CTA ATACGACTC ACTATAGGG CTC GAG CGG CCG

CCG CGG GGG CAG GT-30) is hybridized with GATC-AS (50-GAT CAC CTG

CCC CCG CTT-30).
Ap1: 50-GGATCC TAATAC GAC TCA CTATAG GG-30

http://kawakami.lab.nig.ac.jp/ztrap/
http://kawakami.lab.nig.ac.jp/ztrap/
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L175-out: 50-CCC GAA TTC GGC TCG AGC CGG GCC CTT TTT GAC TGT

AAATAA AAT TG-30

R175-out: 50-CCC GAATTC GGAGAT CTT TCT TGC TTT TAC TTT TAC TTC

C-30

Ap2: 50-CAC TATAGG GCT CGA GCG G-30

L150-out: 50-CCC GAA TTC GGC TCG AGC CGG GCC CGA GTA AAA AGT

ACT TTT TTT TCT-30

R150-out: 50-CCC GAATTC GGAGAT CTA ATACTC AAG TAC AAT TTTA-30

L100-out: 50-CCCGAATTCGGCTCGAGCCGGGCCCAGTATTGATTT TTA

ATT GTA-30

R100-out: 50-CCC GAATTC GGA GAT CTA GAT TCTAGC CAG ATA CT-30
D. Discussion
Gene trap and enhancer trap methods are important and powerful for genetic

studies in zebrafish. First, transgenic fish expressing GFP in specific tissues and

cells are useful for studying morphogenesis and organogenesis. Second, analysis of

the genomic DNA surrounding transposon insertions identifies rapidly genes

expressed in specific patterns. Third, genomic analysis reveals the enhancers/

promoters controlling such specific expression patterns. Finally, these insertions

may disrupt important developmental genes, and the mutant phenotypes can be

studied.

We previously performed large scale screens by gene trapping and enhancer

trapping (Kawakami et al., 2004; Kotani et al., 2006; Nagayoshi et al., 2008).

One hundred fifty six fish injected with pT2KSAG and 77 fish injected with

pT2KHG were crossed with wild-type fish or inbred. From them, we identified 36

and 125 unique GFP expression patterns, respectively. Further, we identified one and

two recessive mutants among the transgenic fish, respectively (Kotani and

Kawakami, 2008; Nagayoshi et al., 2008).

To clarify the relationship between an insertion and an expression pattern, it is

important to identify fish with single insertions. Such fish may be identified in F1s

by Southern blot analysis.When all of the F1 fish analyzed carry multiple insertions,

we recommend outcrossing the fish with the smallest number of insertions to wild-

type fish to obtain fish with single insertions in the next generation.
V. Gene Trapping and Enhancer Trapping with
the Gal4FF-UAS System

A. Rationale
The yeast transcriptional activator Gal4 binds a specific DNA sequence called

UAS (upstream activating sequence) and activates transcription of a gene placed

downstream of the UAS. We constructed a gene trap construct (T2KSAGFF) that
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contains a splice acceptor and the gal4ff gene and an enhancer trap construct

(T2KhspGFF) that contains the zebrafish hsp70 promoter and the gal4ff gene

(Fig. 6A) (Asakawa et al., 2008). Gal4FF is a modified version of the yeast

transcription activator Gal4, which has the Gal4 DNA-binding domain fused to

two short transcription activator segments from the herpes simplex viral protein

VP16 (Baron et al., 1997). Plasmids carrying these constructs are injected with the

transposase mRNA into fertilized eggs. By crossing the injected fish with the

UAS:GFP reporter fish, Gal4FF transgene insertion and expression are identified

as GFP expression in the offspring (Fig. 6B). Thus, a large number of transgenic

fish expressing Gal4FF in specific cells, tissues, and organs have been created

(Fig. 6C).

The merit of the Gal4FF-UAS system is that one can express desired genes in the

Gal4FF-expressing cells. For instance, when the UAS:TeTxLC:CFP effector fish,

which carries a fusion of the tetanus toxin light-chain (TeTxLC) gene and CFP gene

downstream of UAS, is crossed with a transgenic fish that expresses Gal4FF in

subpopulations of neurons (Fig. 7B), the activity of the Gal4FF-expressing neurons

is reduced or abolished and behavioral abnormalities are observed (Asakawa et al.,

2008) (Fig. 7C).
B. Methods

1. Gene Trap and Enhancer Trap Screens for Specific Gal4FF Expression
1.
 Perform microinjection using a plasmid harboring T2KSAGFF or T2KhspGFF.

Raise the injected fish to sexual maturity.
2.
 Cross the injected fish (founder fish) with UAS:GFP reporter fish. GFP is

expressed where Gal4FF is expressed. Collect GFP-positive F1 embryos under

a fluorescent microscope at different stages (e.g., 24 hpf, 48 hpf, 72 hpf, and

5 dpf). Raise the embryos to adulthood.
3.
 To identify an insertion responsible for the expression pattern, analyze genomic

DNA by Southern blot hybridization and inverse PCR or adaptor-ligation PCR

(see above).
2. Targeted Gene Expression with the Gal4-UAS System and Its Application
to the Study of Neural Circuits
1.
 Cross transgenic fish lines that express Gal4FF in specific subpopulations of

neurons with UAS:TeTxLC:CFP effector fish (Fig. 7). The Gal4FF-expressing

fish are usually maintained as double transgenic for Gal4FF and UAS:GFP. Use a

Gal4FF transgenic male and a UAS:TeTxLC:CFP transgenic female to avoid

maternal expression of Gal4FF and GFP.
2.
 Pick embryos that show CFP but not GFP fluorescence at 24 hpf. These embryos

are doubly transgenic for Gal4FF and UAS:TeTxLC:CFP.
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Fig. 6 Tol2-mediated gene trap and enhancer trap screens adapted to the Gal4FF-UAS system. (A) The

structures of the Tol2 constructs for the Gal4FF-UAS system. The T2KhspGFF enhancer trap construct

contains the hsp70 promoter and the gal4ff gene. The T2KSAGFF gene trap construct contains the splice

acceptor (SA) from the rabbit b-globin gene and the gal4ff gene. UAS:GFP and UAS:RFP contain five

tandem repeats of the Gal4-recognition sequence (5x UAS) followed by a minimal TATA sequence, the

GFP and the RFP gene respectively, and SV40 polyA signal (pA). T2MUASMCS is a cloning vector that

contains 5x UAS, followed by a minimal TATA sequence and a multiple cloning site. (B) A scheme for

gene trapping and enhancer trapping. The trap constructs containing Gal4FF are injected into fertilized

eggs with the transposase mRNA. Injected fish are raised andmated with homozygous UAS:GFP reporter

fish. Doubly transgenic F1 embryos express GFP in regions where Gal4FF is expressed. (C) Examples of

specific GFP expression patterns that are caused by specific Gal4FF expression. (See color plate.)
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Fig. 7 Application of the Gal4FF-UAS system to the genetic study of neural circuits. (A) The structure

of UAS:TeTxLC:CFP. UAS:TeTxLC:CFP contains the tetanus toxin light-chain gene (TeTxLC) fused to

the CFP gene downstream of 5x UAS. (B) Expression of the TeTxLC:CFP fusion protein in Gal4FF;UAS:

TeTxLC:CFP double transgenic embryos at 48 hpf as revealed by immunostaining using anti-GFP

antibody. The gt36B and gt31B gene trap insertions give rise to Gal4FF expression in different neuronal

types in the spinal cord. (C) Behavioral analysis of Gal4FF;UAS:TeTxLC:CFP double transgenic

embryos at 2 dpf by touch response assay. Escape behaviors of 2-day-old wild type and double transgenic

embryos in response to gentle touch to the tail are analyzed by high-speed digital recording. Awild-type

embryo rapidly escapes from a gentle touch to the tail (touch response). The gt36B;UAS:TeTxLC:CFP

transgenic fish, which expresses TeTxLC:CFP in sensory neurons, does not respond to the touch. The

gt31B;UAS:TeTxLC:CFP transgenic fish, which expresses TeTxLC:CFP in subsets of interneurons and

motor neurons, responds to touch but shows abnormal escape swimming. (See color plate.)
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3.
 Place 48 hpf Gal4FF;UAS:TeTxLC:CFP double transgenic embryos in a plastic

dish.
4.
 Touch the tail gently three timeswith a needle. Take images by using a high-speed

digital video camera (FASTCAM-512PC1, Photoron, Japan). At this stage, wild-

type embryos respond to the gentle touch to the tail and swim rapidly away from
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the stimulus. However, Gal4FF;UAS:TeTxLC:CFP double transgenic larvae, in

which activities of distinct spinal neural circuits are inhibited, display behavioral

abnormalities (Fig. 7C).
C. Materials
Gene trap and enhancer trap constructs for the Gal4FF-UAS system:

The pT2KSAGFF gene trap construct contains the gal4ff gene downstream of a

rabbit b-globin splice acceptor (Fig. 6A). The pT2KhspGFF enhancer trap

construct contains the gal4ff gene downstream of the zebrafish hsp70 promoter

(Fig. 6A).

UAS reporter and effector lines: UAS:GFP fish contain the GFP gene downstream

of 5xUAS and UAS:RFP fish contains the mRFP gene downstream of 5xUAS

(Fig. 6A). UAS:TeTxLC:CFP effecter fish carry a fusion of the tetanus toxin

light-chain (TeTxLC) gene and the CFP gene downstream of 5x UAS (Fig. 7A).

TeTxLC cleaves a vesicle membrane protein Synaptobrevin and thereby blocks

neurotransmitter release from synaptic vesicles (Schiavo et al., 1992).

T2MUASMCS: The T2MUASMCS vector contains a multicloning site (MCS)

between 5xUAS and the polyA signal. This vector is used to create UAS reporter and

effector constructs (Suster et al., 2009a).
D. Discussion
We employed Gal4FF to develop the Gal4-UAS system in zebrafish. In previous

studies, full-length Gal4 and Gal4-VP16 were used in zebrafish (Koster and Fraser,

2001; Scheer and Campos-Ortega, 1999). Full-length Gal4 turned out to be a weak

transcription activator. Gal4-VP16, which contains a strong transcription activator

domain, gave greater activity than full-length Gal4 but also caused developmental

abnormalities (Koster and Fraser, 2001; Scott et al., 2007). In contrast, Gal4FF is

sufficiently strong to induce transcription fromUASwithout developmental toxicity

(Asakawa et al., 2008).

We have observed different levels of reporter and effector gene expression when

the same Gal4FF fish were crossed with fish carrying the identical 5�UAS trans-

genes integrated at different chromosomal loci, which indicates that expression from

the 5�UAS transgene is sensitive to position effects. Therefore, it is important to

create many lines of 5�UAS transgenic fish so that one may select a line that that

gives optimal levels of reporter expressionwhen crossedwith a Gal4FF tester line. In

fact, the UAS:TeTxLC:CFP fish was established by testing 75 different insertions for

their abilities to inhibit neural functions. It is noteworthy that UAS-reporter and

UAS-effector insertions thus established are often located within regions that are

thought to be transcriptionally active.

The Gal4FF-UAS system can be applied to manipulate the function of specific

cell types. We have demonstrated that neuronal functions can be inhibited by the



Table I
UAS reporter and effecter fish lines

UAS:gene name Description Reference

UAS:myc-notch1a-intra An activated form of the Notch receptor Scheer and Campos-Ortega, 1999

UAS:fezl Forebrain embryonic zinc-finger like transcription factor Jeong et al., 2007

UAS:nfsB-mCherry Nitroreductase tagged with mCherry Davison et al., 2007

UAS:iGluR6(L439C) Light-gated iGluR6 receptor Szobota et al., 2007

UAS:GFP EGFP Asakawa et al., 2008

UAS:RFP monomeric RFP Asakawa et al., 2008

UAS:TeTxLC Tetanus toxin light chain Asakawa et al., 2008

UAS:TeTxLC:CFP Tetanus toxin light chain tagged with CFP Asakawa et al., 2008

UAS:GCaMP1.6 A high-affinity Ca2+ probe composed of a single GFP Sumbre et al., 2008

UAS:NpHR-mCherry Halorhodopsin (NpHR) tagged with mCherry Arrenberg et al., 2009

UAS:rvcyclin A retrovirus homologue gene of cellular cyclin D1 Zhan et al., 2010

UAS:Gtuba2 Tubulin tagged with GFP Asakawa et al., 2010
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UAS:TeTxLC:CFP effector fish (Asakawa et al., 2008). Other UAS effector fish

including UAS:myc-notch1a:intra (Scheer and Campos-Ortega, 1999), UAS:fezl

(Jeong et al., 2007), UAS:nfsB-mCherry (Davison et al., 2007), UAS:iGluR6

(L439C) (Szobota et al., 2007), UAS:NpHR- eYFP (Arrenberg et al., 2009), UAS:

rvcyclin (Zhan et al., 2010), UAS:GCaMP1.6 (Sumbre et al., 2008), and UAS:

Gtuba2 (Asakawa and Kawakami, 2010) have also been created (Table 1). Further

development of various UAS effector lines should increase the utility of the Gal4FF-

UAS strategy for tissue- and organ-specific transgene expression in zebrafish.
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Abstract
Zinc finger nucleases provide an important platform for performing reverse

genetics in zebrafish. Here we review various methods and resources that have been

used to create customized zinc finger nucleases for use in zebrafish.We also provide

a framework for choosing among the various publicly available platforms available

to engineer ZFNs.
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I. Introduction
Engineered zinc finger nucleases (ZFNs) enable the rapid introduction of targeted

mutations in zebrafish. ZFNs consist of an engineered zinc finger array, typically

composed of three or four fingers, fused to the non-specific cleavage domain from

the Type IIS restriction enzyme FokI (Fig. 1A). ZFNs function as dimers, with each

monomer binding to ‘‘half-sites’’ separated by a spacer sequence that is cleaved by

two FokI domains (Fig. 1B). Work from the laboratories of Amacher, Wolfe, and

Lawson and from scientists at Sangamo BioSciences first demonstrated that repair

of ZFN-induced double-strand breaks (DSBs) by non-homologous end-joining can

lead to the introduction of insertion or deletion (indel) mutations at the site of the

break (Doyon et al., 2008; Meng et al., 2008).

For the zebrafish community, the most challenging step of this technology has

been engineering the zinc finger arrays required to construct customized ZFNs. To

date, five different methods have been used to engineer ZFNs for mutagenesis of

zebrafish: modular assembly (Cifuentes et al., 2010; Siekmann et al., 2009),

Oligomerized Pool Engineering (OPEN) (Foley et al., 2009), bacterial one-hybrid

selection (Meng et al., 2008), Context-Dependent Assembly (CoDA) (Sander et al.,

2011), and the proprietary method of Sangamo BioSciences (Doyon et al., 2008). In

this chapter, we briefly review the various methods and associated resources used to

engineer zinc finger arrays and then propose a framework for considering and

utilizing different methods based on our collective experience to date.
II. Methods and Resources for Engineering
Zinc Finger Nucleases

A. Modular Assembly
The modular assembly method for engineering zinc finger arrays involves the

linking together of individual fingers pre-selected to bind to specific DNA
[(Fig._1)TD$FIG]

Fig. 1 Schematics illustrating (A) a zinc finger nuclease and (B) a dimer of zinc finger nucleases

cleaving DNA. (See color plate.)
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sequences. The Barbas lab, Sangamo BioSciences, and Toolgen, Inc. have each

described archives of finger modules that can be used for modular assembly. A

major appeal of modular assembly is its simplicity – practicing the method requires

only standard molecular biology techniques. However, modular assembly also has

been shown to have a very high (>94%) failure rate for engineering ZFN pairs

(Joung et al., 2010; Kim et al., 2009; Ramirez et al., 2008), most likely due to its

failure to account for the well-established context-dependent activities of zinc fin-

gers in an array (Elrod-Erickson et al., 1996; Isalan et al., 1997, 1998; Wolfe et al.,

1999, 2001). Web-based software and/or published protocols exist for using the

Barbas modules (http://www.scripps.edu/mb/barbas/zfdesign/zfdesignhome.php)

(Mandell and Barbas, 2006), the Barbas and Sangamo modules (Carroll et al.,

2006), or all three module sets (http://zifit.partners.org) (Sander et al., 2007;

Wright et al., 2006). Reagents for practicing modular assembly are available

through the non-profit plasmid distribution service Addgene (http://www.

addgene.org/pgvec1?f=c&cmd=showcol&colid=235&page=6).
B. Oligomerized Pool Engineering (OPEN)
OPEN is a robust method in which combinatorial libraries of zinc finger arrays

are interrogated using a bacterial two-hybrid (B2H) selection method to identify

candidates that bind efficiently to target DNA sites of interest (Maeder et al., 2008,

2009). OPEN explicitly accounts for context-dependent effects among zinc fingers

in an array and yields high quality ZFNs that have been successfully used to

modify multiple endogenous genes in zebrafish (Foley et al., 2009). However,

the need to construct a combinatorial library for each target site and to practice

the B2H selection method make OPEN more challenging to practice than modular

assembly. Potential OPEN target sites can be identified in genes of interest using the

web-based ZiFiT (http://zifit.partners.org) (Sander et al., 2010) or ZFNGenome

(http://bindr.gdcb.iastate.edu:88/) (Reyon et al., 2011) programs. A detailed protocol

for practicing OPEN has been described (Maeder et al., 2009) and is freely available

online (http://www.ncbi.nlm.nih.gov/pmc/articles/PMC2858690/). The OPEN pools

are available by request from the Joung lab (http://www.jounglab.org/contact.htm)

and other reagents required to practice OPEN are available from Addgene

(http://www.addgene.org/pgvec1?f=c&cmd=showcol&colid=235&page=5).
C. Bacterial One-Hybrid (B1H) Selection Method
Wolfe and colleagues have described a selection-based method similar to OPEN

and other previously described selection-based strategies (Hurt et al., 2003). This

method also builds combinatorial libraries to account for context-dependent effects

among zinc fingers. However, although the approach uses a somewhat simplified

B1H selection system (Meng et al., 2008) based on the original B2H system (Dove

et al., 1997; Joung et al., 2000), it uses a more limited finger randomization strategy

http://www.scripps.edu/mb/barbas/zfdesign/zfdesignhome.php
http://zifit.partners.org/
http://www.addgene.org/pgvec1?f=c&amp;cmd=showcol&amp;colid=235&amp;page=7
http://www.addgene.org/pgvec1?f=c&amp;cmd=showcol&amp;colid=235&amp;page=7
http://zifit.partners.org/
http://bindr.gdcb.iastate.edu:88/
http://www.ncbi.nlm.nih.gov/pmc/articles/PMC2858690/
http://www.jounglab.org/contact.htm
http://www.addgene.org/pgvec1?f=c&amp;cmd=showcol&amp;colid=235&amp;page=7
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than that employed by OPEN. In addition, this method is more labor-intensive than

OPEN because it requires the construction of four combinatorial libraries and the

performance of four B1H selections to identify zinc finger arrays for a single target

site. Web-based software for practicing this method are available (http://pgfe.

umassmed.edu/ZFPsearch.html) and reagents can be obtained from Addgene

(http://www.addgene.org/Scot_Wolfe).
D. Context-Dependent Assembly (CoDA)
We recently described a new method for engineering multi-finger arrays that

accounts for context-dependent effects between neighboring fingers but avoids the

need to build combinatorial libraries or perform labor-intensive selections. This

method assembles three-finger arrays using an archive of pre-selected finger units

known to work well when positioned adjacent to one another (Sander et al., 2011).

Using CoDA, researchers can construct zinc finger arrays using either standard

cloning techniques or commercial DNA synthesis. A limitation of CoDA is its

current targeting range of only 1 in 500 bps of random DNA sequence. The web-

based ZiFiT program can be used to identify potential CoDA sites in genes of interest

and also provides DNA sequences encoding zinc finger arrays for commercial DNA

synthesis (http://zifit.partners.org/ZiFiT/).
E. Proprietary Method of Sangamo BioSciences
Sangamo BioSciences has developed a proprietary platform for engineering ZFNs

(Doyon et al., 2008). Researchers interested in acquiring ZFNs made by this method

can purchase these proteins from Sigma-Aldrich through their CompoZr product line

(http://www.sigmaaldrich.com/life-science/zinc-finger-nuclease-technology.html).
F. ZFN Expression Vectors
Zinc finger arrays engineered using OPEN, CoDA, or modular assembly can be

cloned into various ZFN expression vectors available from Addgene (http://www.

addgene.org/pgvec1?f=c&cmd=showcol&colid=235&page=7). These vectors are

designed to express ZFNs encoding either homodimeric or heterodimeric

(Miller et al., 2007) FokI nuclease domains with linkers between the zinc finger

array and the nuclease domain required to target sites with spacer sequences of 5, 6,

or 7 base pairs.
III. Choice of Method to Engineer Zinc Finger Nucleases
In this final section, we outline a ‘‘decision tree’’ for using the methods described

above to engineer ZFNs for a zebrafish gene of interest. Our overall framework is

http://pgfe.umassmed.edu/ZFPsearch.html
http://pgfe.umassmed.edu/ZFPsearch.html
http://www.addgene.org/Scot_Wolfe
http://zifit.partners.org/ZiFiT/
http://www.sigmaaldrich.com/life-science/zinc-finger-nuclease-technology.html
http://www.addgene.org/pgvec1?f=c&amp;cmd=showcol&amp;colid=235&amp;page=7
http://www.addgene.org/pgvec1?f=c&amp;cmd=showcol&amp;colid=235&amp;page=7
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Fig. 2 ‘‘Decision tree’’ used to prioritize various zinc finger engineering methods when targeting

endogenous genes in zebrafish. (See color plate.)
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illustrated in Fig. 2 and presumes that the researcher is interested in and deems it

appropriate to engineer ZFNs themselves.

CoDA is our preferred first line method for targeting a gene due to its rapidity,

simplicity, and high efficacy. Using the ZiFiT program, we identify potential ZFN

sites within the gene that can be targeted by CoDA. If potential sites are identified,

we construct those ZFNs and test them in zebrafish.

If no CoDA sites are identified, we use ZiFiT to identify potential sites that can

be targeted by OPEN. Although it has a high efficacy rate, OPEN is our second

line choice due to the additional effort required to perform selections. For any

potential OPEN ZFN sites that are identified, we first check the web-based Zinc

Finger Database (ZiFDB) program (http://bindr.gdcb.iastate.edu:8080/ZiFDB/)

(Fu et al., 2009) to see if OPEN or CoDA have already been used to make zinc

finger arrays for any of the target half-sites; this can be easily done through

hyperlinks to ZiFDB provided in the ZiFiT output. We also check to see whether

CoDA can be used to make a zinc finger array for one of the two ‘‘half-sites’’ in

each ZFN target site. These checks are worth making to avoid performing any

unnecessary OPEN selections. OPEN selections are then performed for any other

‘‘half-sites’’ needed.

If no OPEN sites can be identified in the gene of interest, one can contemplate

using modular assembly to engineer ZFNs. As noted above, modular assembly has

been reported to have a low success rate. Therefore, to maximize chances of success,

http://bindr.gdcb.iastate.edu:8080/ZiFDB/
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we recommend: (1) use of all three publicly available module archives, (2) careful

choice of target sites that have a high probability of success, and (3) testing of zinc

finger arrays in the B2H reporter system prior to use as ZFNs in zebrafish.

Recommendations (1) and (2) can be easily met by using the ZiFiT program, which

identifies sites and provides protein sequences using all three module sites and

provides a scoring function based on subsite composition (Ramirez et al., 2008)

that indicates likelihood of success. Protocols for evaluating zinc finger arrays using

the B2H reporter system have been previously published (Maeder et al., 2009;

Wright et al., 2006).

For any of the methods above, it is desirable to target multiple potential sites

within a gene to increase the chances of identifying a pair of ZFNs that can

mutagenize efficiently in vivo. We recommend that users exhaust all possible sites

that can be targeted with a given method before moving to the next method in the

sequence described above.

As is evident from the above, the process of engineering ZFNs for a target gene is

one that requires understanding and careful consideration of various options. The

Zinc Finger Consortium, a group of academic researchers committed to the devel-

opment of engineered zinc finger technology (http://www.zincfingers.org) (Pearson,

2008), also moderates an active newsgroup on issues related to the use of ZFNs that

currently has over 300 members. Academic ZFN users are encouraged to join the

newsgroup here: http://www.zincfingers.org/listserv.htm.
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useful for goals other than mutagenesis. In addition, retroviral-mediated insertional

mutagenesis has been applied to zebrafish for use in reverse genetics as well as

forward screening. Finally, the insertional mutant collection described herein has

been screened by a number of labs to find a host of mutants (with genes already

identified) with developmental and/or growth defects affecting the eye, liver, skin,

craniofacial skeleton, kidney, myeloid cells, hematopoietic stem cells, and axon

pathfinding, as well as mutants with defects in the cell cycle or DNA damage

response, altered aging properties, and modulated cardiac repolarization. The major

complementary approaches and new uses of this technique include:
�
 Pseudotyped retroviruses have been used to deliver enhancer trap vectors, which

allows selection of insertions in or near genes with particular expression patterns.

Although the mutagenicity of these vectors has yet to be determined, they are

useful purely because they generate a large number of transgenic lines with visible

reporters (e.g., Green Fluorescent Protein GFP) expressed in interesting patterns

and they provide information regarding gene regulation in the context of genomic

organization.

�
 Gain-of-function vectors have been designed to allow for dominant genetic

screens. Thus, genes whose overexpression results in phenotypes of interest can

be efficiently identified.

�
 Retroviruses can be used to make a library of insertions in which hundreds of

thousands of mapped insertions can be recovered from frozen sperm samples.

Such libraries could serve as on-the-shelf reverse genetic resources, whereby one

can obtain a mutation in nearly any gene by simply recovering an insertion in that

gene from the frozen sperm, similar to the use of gene-trap insertions and genome-

wide gene targeting in ES cells in the mouse.

�
 Transposons have been shown to be nearly as effective transgenesis vectors as

retroviruses and thus may be used in similar screens – both for mutagenicity and

gene traps and enhancer traps. It is possible that retroviruses and transposons could

have different insertion site biases, making them important complementary tech-

nologies for genome-wide screening.
I. Introduction
Large-scale chemical mutagenesis screens have resulted in the isolation of thou-

sands of mutations in hundreds of genes that affect zebrafish embryonic develop-

ment (Driever et al., 1996; Haffter et al., 1996). These screens have utilized an

alkylating agent, ethyl nitrosourea (ENU), to induce mutations, primarily by causing

base pair substitutions. Several hundred of the genes disrupted by these mutations

have been isolated over the past 15 years, primarily via a candidate gene approach,

and less frequently by pure positional cloning (Postlethwait and Talbot, 1997), and

many other chapters in this volume are devoted to describing this task. However,

positional cloning remains arduous.
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Insertional mutagenesis is an alternative to chemical mutagenesis in which exog-

enous DNA is used as the mutagen. While insertional mutagenesis is usually less

efficient than ENU, insertions serve as a molecular tag to aid in the isolation of the

mutated genes. Several methods might be employed to insert DNA into the zebrafish

genome, including DNA microinjection (Culp et al., 1991; Stuart et al., 1988), or

microinjection of DNA aided by retroviral integrases (Ivics et al., 1993) or a

transposable element’s transposase (Davidson et al., 2003; Kawakami et al.,

2000b; Raz et al., 1998); reviews and updates on these methods can be found in

other chapters of this volume. However, to date, by far themost efficient way tomake

a large number of insertions in the zebrafish genome is to use a pseudotyped

retrovirus.

Retroviruses have an RNA genome and, upon infection of a cell, will reverse

transcribe their genome to a DNA molecule, the provirus. The provirus integrates

into a host cell chromosomewhere it remains stable and thus is inherited by all of the

descendants of that cell. Replication-defective retroviral vectors, unlike non-defec-

tive retroviruses, are infectious agents which can integrate into host DNA, but whose

genetic material lacks the coding sequences for the proteins required to make

progeny virions. Retroviral vectors are made in ‘‘split genome’’ packaging cells,

in which the genome of the retroviral vector is expressed from one integrated set of

viral sequences, while the retroviral genes required for packaging, infection, reverse-

transcription, and integration are expressed from another locus. The most widely

used retroviral vectors have been derived from a murine retrovirus, MoloneyMurine

Leukemia Virus (MoMLV), resulting in replication-defective viruses that can be

produced at very high titers. Initially, these retroviruses were only capable of infect-

ing mammalian cells, but their host range can be expanded as described below.

Retroviruses have a host range, or ‘‘tropism,’’ that is frequently determined by

their envelope protein, which recognizes and binds to some specific component,

usually a protein, on the surface of the cell to be infected. Cell types that have an

appropriate receptor can be infected by the retrovirus, while those that do not are

refractory to infection. The host range of a virus can be changed by pseudotyping, a

process in which virions acquire the genome and core proteins of one virus but the

envelope protein of another. One way to enable this situation in split genome

packaging cells is to simply substitute the gene encoding the alternative envelope

protein for the usual one. While there is some specificity as to which envelope

proteins can be pseudotyped with which viral genomes, one such combination that

is particularly useful allows the MoMLV viral genomes and core proteins to be

pseudotyped with the envelope glycoprotein (G-protein) of vesicular stomatitis virus

(VSV) (Weiss et al., 1974). VSV is a rhabdovirus which is apparently pantropic; it

can infect cells of species as diverse as insects and mammals (Wagner, 1972).

MoMLV vectors pseudotyped with VSV-G possess two qualities essential for their

use in high-frequency germline transgenesis in zebrafish: The extended host range

allows for the infection of fish cells, and the VSV-G pseudotyped virions are

unusually stable, which permits viruses to be concentrated 1000-fold by centrifu-

gation (Burns et al., 1993).
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When pseudotyped retroviral vectors are injected into zebrafish blastulae, many

of the cells become independently infected, producing a mosaic organism in which

different cells harbor proviral insertions at different chromosomal sites. When cells

destined to give rise to the germline are infected, some proportion of the progeny

of the injected fish will contain one or more insertions (Lin et al., 1994). When

sufficiently high titer virus is used, one can infect a very high proportion of the

germline of injected fish (Gaiano et al., 1996a). With very high titer virus, on

average, about 25–30 independent insertions can be inherited from a single founder,

though any given insertion will only be present in about 3–20% of the offspring

(Chen et al., 2002). However, the progeny are non-mosaic for the insertions, and

transmit them in aMendelian fashion to 50% of their progeny. Furthermore, because

more than one virus can infect a single cell, some germ cells contain multiple

insertions, and thus offspring can be born with as many as 10–15 independently

segregating insertions (Amsterdam et al., 1999; Chen et al., 2002; Gaiano et al.,

1996a). This remarkable transgenesis rate has made it possible to conduct an inser-

tional mutagenesis screen which has isolated over 500 insertional mutants and

allowed the rapid cloning of the mutated genes (Amsterdam et al., 1999, 2004a;

Golling et al., 2002).
II. Mutagenesis
In order to establish the frequency of mutagenesis with retroviral vectors in the

zebrafish, we carried out a pilot screen in which we inbred over 500 individual

proviral insertions, one at a time, and screened for recessive phenotypes which could

be visually scored in the first five days of embryonic development. We found six

recessive embryonic lethal mutations, a frequency of about one mutation per 80–100

insertions (Allende et al., 1996; Becker et al., 1998; Gaiano et al., 1996b; Young

et al., 2002). We also found one viable dominant insertional mutation

(Kawakami et al., 2000a). While this rate was too inefficient to conduct a large-

scale screen by breeding one insertion at a time, utilization of the ability of founders

to transmit multiple insertions to individual F1 progeny enables screening of an

average of 12 inserts per family, which allows the recovery of about one insertional

mutation per seven families screened (Amsterdam et al., 1999). This is only 7–10-

fold lower than the frequency observed in analogously performed (3 generation

diploid) ENU screens (Driever et al., 1996; Haffter et al., 1996; Mullins et al.,

1994; Solnica-Krezel et al., 1994). The strategy to produce, select, and breed the

fish for such an insertional mutagenesis screen is outlined below.
A. Making Founder Fish that Transmit Proviral Inserts atHigh Frequency to their F1 Progeny
Founders are produced by injecting late blastula stage (512–2000 cells) embryos.

Virus must be injected into the space between the cells, and blastula stage embryos
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ideally accommodate the injected fluid. At this time, there are four primordial germ

cells, and these cells will divide two or three times over the course of the infection

(Yoon et al., 1997). Thus, the injected embryos grow up to be founder fish (F0) with

mosaic germlines. With very good viral stocks, individual founders can contain

25–30 different insertions in their germlines, with any given insertion present

in 3–20% of the gametes (Chen et al., 2002). Individual F1 fish can inherit up to

ten different insertions, and, when founders are bred to each other, F1 fish can be

foundwith up to 20 different insertions. F1 fish are not mosaic andwill transmit all of

their insertions in a Mendelian fashion.

Because the efficiency of the screen relies upon the generation of F1 fish with a

high number of inserts, it is essential to perform quality control assays on the viral

stocks and founder injections before raising and breeding the founders. For every

batch of injected embryos, several embryos are sacrificed for DNA preparation at

48 h post-injection and subjected to quantitative Southern analysis or real-time

polymerase chain reaction (PCR) to determine the average number of insertions

per cell in the entire infected embryo. This number is called the embryo assay

value (EAV) (Amsterdam et al., 1999). In our experience, if the average EAV is

above 15 and does not vary much amongst the individual analyzed embryos, the

rest of the founders from that injection session transmit inserts at the rates

mentioned above. Batches with average EAV below 15 transmit somewhat fewer

inserts, and usually have greater founder-to-founder variation, and those with

average EAV below 5 are quite inconsistent in transmitting multiple inserts to

their progeny.
B. Breeding and Screening for Mutations
The breeding scheme for a diploid F3 insertional mutagenesis screen is outlined in

Fig. 1. In essence, the goal is to create families with a large number of independent

insertions which can be screened simultaneously. This is achieved by selecting and

breeding F1 fish that inherit the most inserts from the mosaic founders.

Founder fish can be bred to each other or outcrossed to non-transgenic fish. For

reasons that remain unclear, a majority of injected fish grow up to be males. Thus, it

is most efficient to outcross the best male F0 fish (those from batcheswith the highest

EAV) and inbreed the rest. F1 families of 30 fish are raised, and at six weeks of age

the fish are fin-clipped for DNA preparation and analysis by quantitative Southern

blotting or real-time PCR to determine which fish harbor the most insertions.

Keeping up to the three top fish per family with at least five inserts strikes a balance

between throwing away too many inserts (if fewer fish were kept) and keeping too

many ‘‘repeat inserts’’ (i.e., the same insert inherited by sibling F1 fish). The repeat

insert rate is quite low if only three fish are kept, as the average mosaicism (i.e.,

proportion of F1 inheriting a given insert) is about 8%. In the MIT screen

(Golling et al., 2002), only 3% of the recovered mutations were caused by re-

isolating such ‘‘repeat inserts.’’
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Fig. 1 Insertional mutagenesis breeding scheme.
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The selected multi-insert F1 fish are pooled together, and eventually bred to make

F2 families that harbor at least ten different independently segregating inserts, and in

which each insert is present in half of the fish. Multiple sib-crosses are then con-

ducted between the F2 fish; since half the fish have any given insert, including those

causing amutation, each insert should be homozygosed in one-quarter of the crosses.

On average, six crosses will homozygose 83% of the inserts in the family, and ten

crosses will screen 95% of them. Every F3 clutch from each F2 family is screened for

a phenotype in one-quarter of the embryos. In the MIT screen, embryos were scored

for any morphological defect visible in a dissecting microscope at 1, 2, and 5 days

post fertilization (dpf), as well as for defects in motility and touch response. One aid
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to screening is that over 98% of these mutants fail to inflate their swim bladders by

5 dpf; since this is such a highly visible structure, a quick screen for clutches in

which one-quarter of the embryos fail to inflate their swim bladder often signals the

presence of a mutation.
III. Cloning the Mutated Genes

A. Identifying the Mutagenic Insert
The great advantage to using insertional mutagenesis over chemical mutagen-

esis is that the mutagenic insertion provides a molecular tag that can be used to

identify the disrupted gene. However, because the mutagenesis screen described

above utilizes multiple insertions to increase the rate of recovery of mutations, the

first step after identifying a mutation is to determine which (if any) insertion

appears to be responsible for the mutation. DNA is prepared from the tails of the

parents of all of the crosses from the F2 family and, using Southern analysis to

distinguish the different insertions, one looks for an insertion that segregates with

the phenotype (Fig. 2A). A linked insert (represented by a band of a specific size)
[(Fig._2)TD$FIG]

Fig. 2 Identification of themutagenic insert. A. Southern analysis of DNA prepared from tail fins of F2
fish; the arrow indicates an insert that is homozygosed in phenotypic pairs but not any of the wild-type

pairs. B. Southern analysis of DNA from individual mutant embryos from the second phenotypic pair in

2A; the arrow indicates that the same insert is also present in all of the mutant embryos.
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will be shared by both parents of every cross that had the phenotype and be in only

one or neither of the parents of every cross which lacked the phenotype.

Additionally, DNA prepared from the mutant embryos is subjected to the same

analysis; while an unlinked insert would be in only three-fourths of the mutant

embryos, a linked insert must be present in all of them (Fig. 2B). A similar

analysis can be done with linker-mediated PCR, although one runs the risk that

not every insertion will be successfully amplified and therefore a few inserts may

remain ‘‘invisible.’’

It is possible that no insert will appear linked to the phenotype; in the MIT

screen, we found that about one-quarter of the mutants recovered were not linked

to a detectable insertion. Additionally, it is important to note that the identification

of an insertion initially linked to the phenotype is not proof that the identified

insert is tightly linked to the mutation; it is merely a way to either identify the

insertion which is a candidate for causing the mutation or to conclude that the

mutation is not linked to any insert if no insert meets the above criteria. This is

because recombination rates in the male germline are much lower than in the

female germline (Singer et al., 2002); thus an insert inherited from an F1 male

which is merely on the same chromosome as a non-insertional mutation will often

meet the above criteria. The mutation and the insert will not have segregated in the

F2 generation, and because the mutant F3 embryos must inherit the mutant locus

from both parents, even if there is recombination in the female germline, all of the

mutant embryos will receive the insert from their father. Thus, additional linkage

experiments that can distinguish heterozygosity from homozygosity for the insert

are required, but it is not possible to perform these until genomic DNA flanking

the candidate insert is cloned.

Sometimes more than one insert meets the above criteria, and thus more than

one is a candidate to have caused the mutant phenotype. This can be for one of

several reasons. First, if more than one insert in the family is on the same

chromosome, for the reasons described above, they may fail to segregate from

each other. Often this can be resolved by outcrossing a female carrier and repeat-

ing the analysis in the next generation, either by further random sib-crosses

followed by molecular analysis, or by using Southern analysis first to identify

fish with one or the other insertion and then performing test crosses. Another

possibility is that multiple copies of the virus have integrated in tandem, which

happens about 3–4% of the time. Usually when this happens, there is a higher-

intensity provirus-sized band (if the enzyme used cuts the insert only once) in

addition to the band truly representing the junction between the provirus and

endogenous fish DNA (junction fragment) Finally, there may be too many inserts

in the family to accurately distinguish all of the inserts (greater than 15–20), and

this may complicate the analysis. In these cases a female carrier fish, preferably

already shown to have relatively few inserts, must be outcrossed and the analysis

repeated in the next generation. It is essential not to focus on a single insertion as

the cause of a mutation unless it is very clear that no other insertion could also be

linked to the mutant phenotype.
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Fig. 3 Inverse PCR. A. Schematic of the inverse PCR process. B. Selection of the correct enzyme to

use. For an insert already identified as in Fig. 2, DNA from several tails already known to be positive or

negative for that insert is analyzed by Southern blotting after digestion with different restriction

enzymes. In this example, while the junction fragments with Bgl II and Nco I are too big to successfully

amplify by inverse PCR, the Taq I junction fragment should amplify easily. Arrows indicate the linked

insertion.
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B. Cloning the Flanking Genomic DNA
After identifying the candidate mutagenic insertion, inverse PCR or linker-medi-

ated PCR can be used to clone genomic DNA flanking one or both sides of the

mutagenic provirus (Fig. 3a). Since all of the inserts have the same sequence, in order

to clone the correct junction fragment, one must know the size expected for a given

enzyme used. Often it is necessary to analyze the DNA samples by Southern analysis

with several enzymes in order to identify which enzymewill be best for obtaining the

desired insert (Fig. 3b). After cloning and sequencing the putative junction fragment,

one can design a PCR primer in the sequence that points back at the provirus, and use

PCRwith this and aviral primer onDNA isolated from tail fin samples of fish known

to be carriers or non-carriers to confirm that the correct junction was cloned.

After cloning the genomic DNA flanking one side of the virus, it is necessary (for

reasons explained below) to obtain sequence on the other side of the insertion as

well; it may also be desirable to obtain additional sequence extending further from

the virus on the side originally cloned. One way to do this is to use the cloned

sequence as an anchor for additional inverse PCR, or linker-mediated PCR.

However, as the zebrafish genome assembly becomes increasingly complete, this

step is becoming increasingly dispensable; often even a small amount of sequence

adjacent to the virus is sufficient to place the insertion site on a large contig of known

sequence.

One of the uses of the cloned sequence is that it allows one to perform an assay to

distinguish transgenic and non-transgenic chromosomes in a co-dominant fashion.

Such an assay is essential in order to demonstrate that the insertion is tightly linked to

the mutation, and thus most likely is its cause. One method is to use the junction
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fragment as a probe on a Southern blot, as the transgenic and non-transgenic

chromosomes will each produce hybridizing fragments of a different size (Fig. 4a).

Alternatively, PCR can be conducted with three primers, one on each side of the

insert and one pointing out of the insert, such that different sized products will be

amplified by insert-bearing and non-insert-bearing chromosomes (Fig. 4b). In either

case, the assay is used to demonstrate that mutant embryos are invariably homozy-

gous for the insertion, while wild-type embryos never are. Every mutant analyzed is

the equivalent of observing one meiotic event (only counting the female germline);

every wildtype analyzed is the equivalent of observing 1/3 of a meiosis. (In the wild-

type case, only one in three recombination events between a mutation and a marker in

a dihybrid cross will lead to awild-type embryowhich is homozygous for the marker;

thus scoring for wildtypes which are homozygous for a marker only detects one third

of the recombination events between these loci.). If any recombinants are observed

between the mutation and the insertion, the insertion cannot be the cause of the
[(Fig._4)TD$FIG]

Fig. 4 Tight linkage assays. In either assay, mutant embryos should always be homozygous for the

insert, while wild-type embryos never should be. A. Southern analysis of DNA prepared from individual

wild-type or mutant embryos. The sequence of the junction fragment on one side of the virus is used as the

probe. In this example, insert-bearing chromosomes (tg) will give a 3.5 kb band, while non-insert

chromosomes (ntg) will give a 5 kb band. Thus each embryo can be genotyped as homozygous for the

insertion (smaller band only), heterozygous (both bands), or homozygous non-insertion (larger band

only). B. PCR analysis of DNA prepared from individual wild-type or mutant embryos. The PCR reaction

is run with three primers, such that (as with the Southern method) the presence of either chromosome is

indicated by a unique sized band.
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mutation. We typically analyze 50–100 meioses in this fashion; while not absolute

proof that the insert is the cause of the mutation, given the size of the genome, the

relative rates of spontaneous and insertional mutations, and the average number of

inserts in each family, fewer than 0.5% of mutations which meet this criteriawill have

a cause other than the insertion. Establishing tight linkage with more observed

meioses can linearly decrease the likelihood that the mutation is not caused by the

insertion, but linkage alone cannot reduce this likelihood to zero.

One exception to the requirement for absolute linkage is in cases where there is

incomplete penetrance of the phenotype; thus by definition the phenotype and

genotype do not always match. This is evident when consistently fewer than 25%

of the embryos are phenotypic. In these cases, while all of the mutant embryos still

must be homozygous for the insert, some of the phenotypically wild-type embryos

will also be homozygous (Amsterdam et al., 1999; Golling et al., 2002).
C. Gene Identification
While the sequence of the junction fragment is useful for allowing genotypic

identification of carriers and is required for the tight linkage experiments described

above, its greatest utility of course is in the ability to identify the mutated gene.

Given up to a few kilobases of sequence on either side of the insertion, in over 80% of

the cases exon sequence can be found by BLAST analysis (Altschul et al., 1997)

based upon either nucleotide identity to a zebrafish cDNA or expressed sequence tag

(EST), or upon amino acid homology to known or predicted proteins from other

organisms when translated. RT-PCR or 30 and 50 RACE can then be used to complete

the cDNA if necessary. As the zebrafish genome assembly and annotation becomes

more complete, merely BLASTing to the genome will be sufficient to identify the

gene into which the virus has inserted.

It is important that the virus actually is in, as opposed to just near, the gene

identified, or it is possible to identify thewrong gene. Zebrafish genes are sometimes

very near each other, with as few as half a kilobase separating them. Thus, an insert

could be less than one kilobase from an easily recognized or annotated gene, but

actually disrupt another gene that was not found in the BLAST search. Zebrafish

genes often have first exons that are entirely 50 untranslated or include the coding

sequence for only a few amino acids, and such initial exons could easily bemissed by

a BLAST search of the genomic DNA sequence. In the case of several of the

insertional mutants, the gene originally recognized in the flanking sequence either

began or ended about a kilobase from the provirus; only upon more careful inspec-

tion was it found that in fact another gene began between the originally identified

gene and the virus. Analysis ofmRNA expression in wildtype andmutant embryos in

two of these cases demonstrated that only the proximal gene’s expression was

affected by the insertion. On the other hand, in the case of several insertional

mutants, the insert is outside the affected gene, presumably in the promoter region,

and does affect the transcription of the gene. Thus, the finding that the mutagenic
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insert lies outside of a gene does not necessarily mean that the nearest identified gene

is not the gene of interest, but rather that further analysis is required.

Cloning a gene that is proximal to a mutagenic insertion is not absolute proof that

the correct gene has been identified. First, it is always possible, if very unlikely, that

there is a non-insertional mutation very near the insert. Second, it is possible that the

expression of a neighboring gene has been affected as well. We have not observed

this yet in any of the recessivemutants that we have studied, but we have found this to

be the case in at least one dominant mutant (Amsterdam et al., 2009). Similarly, even

when a provirus lies between two exons of a gene and disrupts its expression, it is still

possible that another gene (e.g., one lying within an intron of the first gene) might be

the gene responsible for the mutant. Thus, to be absolutely certain that mutation of

the identified gene is responsible for the phenotype, the gene identity needs to be

confirmed by independent means. The finding of a second insertional allele, or non-

complementation to a chemical allele with a demonstrated point mutation, would

make the likelihood of a nearby non-insertional mutation exceedingly low. The ideal

proof is rescue: Does reintroduction of the gene in trans into mutant embryos rescue

the phenotype? Rescue is not easily accomplished in stable transgenics but can be

done transiently for some mutations. Alternatively, phenocopy of the phenotype by

morpholino injection (Nasevicius and Ekker, 2000) can independently verify that

mutation of this gene leads to this phenotype.
D. Phenotypic Consequence of Insertions
The insertion of a provirus into a gene can affect that gene in a number of different

ways. Unlike chemical mutagenesis, which by causing point mutations has the

potential to create hypomorphic or neomorphic alleles by amino acid substitution,

insertional mutagenesis generally works bymore broadly knocking down or out gene

expression, although there are exceptions. While only about one third of the muta-

genic inserts actually interrupt exons, which would obviously impair gene expres-

sion, nearly half land in the first intron and the rest in downstream introns (Fig. 5a).

We have used Northern analysis and/or quantitative RT-PCR to analyze gene expres-

sion in mutants in many of these cases, and the most common effect that we have

seen is a reduction or elimination of mRNA, anywhere from fivefold to undetectable

levels (Golling et al., 2002). In a study of randomly selected insertions (i.e., isolated

independent of causing a phenotype), most insertions in the first intron of genes were

found to similarly reduce steady-state mRNA levels, while insertions in later introns

were less likely to have any effect (Wang et al., 2007). Thus, while some insertional

mutants are nulls, some are hypomorphs, as expression has not been completely

abrogated.

Additionally, some insertional mutants can affect the nature of the message (and

the protein it produces) rather than merely the level of expression. First, some

mutations cause exon skips instead of down-regulation of expression. For example,

we have three insertional alleles of the vHNF1 gene, two in the first or second exon,
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Fig. 5 Mutagenic insertion sites. A: distribution of mutagenic insertions from 413 insertional mutants

in 298 different genes. White boxes indicate 50 and 30 untranslated regions (UTR), striped boxes indicate
coding exons, lines between boxes indicate introns. While the sample gene here has an untranslated first

intron (the first white box), in about half the cases the first exon contains the initiation codon. The

percentage of mutagenic insertions which lie in the 50 UTR or promoter, the first intron, coding exons,

downstream introns, or the 30 UTR, is shown below the gene. B: consequence of gene-trap event. If the

insertion is in an intron in the correct orientation, the splice donor from the previous exon can splice to the

gene-trap cassette, and then splice out to the next endogenous exon, thus creating a frameshift. Striped

boxes, exons; large white box, provirus; stipled box (gtc), gene-trap cassette; sd, splice donor; sa, splice

acceptor; wavy-lined box, exon with frameshift mutation.
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which appear to be nulls, and one in the fifth intron, which leads to two different

splice variants, skipping either the fourth or third and fourth exons (Sun and

Hopkins, 2001). This allele is predicted to make a truncated protein, and in fact

has a less severe phenotype. Second, the virus used to make most of the insertional

mutations contains a splice-in, splice-out, frameshift-producing gene-trap cassette

(Chen et al., 2002). When the virus inserts in an intron in the correct orientation, it is

possible for the preceding splice donor to splice to this exon in the provirus, and

splice out to the next endogenous exon, thus creating a frameshift and presumably a

truncated protein (Fig. 5b). If this happens, analysis of mRNA by RT-PCR will show

the presence of an increased-sized band, indicating the inclusion of the trapped exon.

This is likely to lead to a truncated protein, and thus could act as a hypomorph or

neomorph. While we have not found this to be a common mechanism of mutation, it

has occurred in some of the mutants.
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IV. Retroviral-mediated Insertional Mutagenesis as a Reverse
Genetic Tool

A. Demonstrating the Utility of Retroviral Mutagenesis to Reverse Genetics Approaches
As described earlier, retroviruses have been used in forward genetic screens to

isolate mutations affecting embryonic development (Amsterdam et al., 1999).

Forward genetics is a process where mutational studies are done to determine the

genetic basis of associated phenotypes. Forward genetic screens are effective in

identifying mutations with visible phenotypes, but are limited by issues of gene

redundancy or the ability to detect phenotypes blindly. With the recent advancement

in sequencing technologies and availability of high-quality whole genomes,

researchers have access to rich gene information in many model organisms and it

becomes possible to systematically screen by first identifying mutations in genes,

and then testing homozygous mutant animals for phenotypes, i.e. ‘‘reverse’’

genetics.

The genes can be disrupted either in a targeted manner (homologous recombina-

tion or RNAi-mediated knockdown) or by using non-targeted approaches (inser-

tional mutagenesis or chemical-induced mutagenesis for example).

The most widely used reverse genetic approach in zebrafish is Targeted Induced

Local Lesion IN Genomes (TILLING), which has been used to identify a desired

mutation from a pool of ENU-induced mutagenized fish either through CEL1

nuclease assay or DNA sequencing (Stemple, 2004; Wienholds et al., 2002).

Although effective, this approach is expensive and labor-intensive.

It has been shown that mutagenesis using MoMLV as an insertional mutagen

followed by integration mapping and recovery is possible, and thus could be an

alternative reverse genetics approach (Wang et al., 2007). A public effort is under-

way in the Burgess lab in collaboration with Dr. Shou Lin’s lab at UCLA to system-

atically disrupt every protein-coding gene in zebrafish genome using pseudotyped

MoMLV. In this approach we infect zebrafish embryos with MoMLV, and proviral

integrations in the F1 generation of infected fish are mapped by PCR amplification

and sequencing (Fig. 6). Using this strategy it is possible to identify a mutagenic

event for every 30 sequencing reactions done on the F1 fish, thus showing up to 30-

fold increase in efficiency compared to TILLING (Wang et al., 2007). The gene

disruption pipeline begins with the production of high-titer pseudotyped MoMLV

retroviruses using an improved method previously described in Jao and Burgess

(2009), which is then injected into blastula stage embryos (as described earlier) to

produce founder fish.We raise the founders and outcross themwith wild-type fish to

obtain the F1 generation. We raise only the male F1 fish, sacrifice them to cryo-

preserve their testes, and collect corresponding tail cuts to isolate genomic DNA

(gDNA) for integration mapping. In order to map retroviral integrations, gDNA is

subjected to restriction digestion and then linkers are ligated to the digested frag-

ments. We use a linker-specific and proviral-LTR (long terminal repeat)-specific

primer to amplify proviral-gDNA-LTR fragments. The amplified PCR products are
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Fig. 6 Retroviral mapping pipeline. Blastula stage embryos are injectedwith the pseudotypedMoMLV.

Infection rate is determined by quantitative PCR (qPCR) and founder fish with high infection rate are

raised. Founders are crossed to wild-type fish and male F1 fish are raised. Sperm samples are cryopre-

served from the F1 fish, integrations are mapped in the corresponding DNA library, integrations are

assigned to the corresponding sperm samples. Desired mutations are recovered by in vitro fertilization

using the corresponding frozen sperm.
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sub-cloned and to date have been sequenced by Sanger sequencing. The sequences

are mapped back to zebrafish whole genome assembly to get integration informa-

tion. Our goal is to generate a genome-wide knockout library and mutagenize to

saturation in the next 5 years.

Our lab originally investigated the distribution profile of proviral integration sites

in the zebrafish genome by sequencing integrations from 900 F1 fish. We obtained

933 unique sequences; of these, 599 integration sites were mapped to the zebrafish

genome. Sixty-five percent of mapped integrations either landed in annotated

Ensembl genes, or within 3 kb of genes, with a strong preference for the first intron
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of genes (Wang et al., 2007). The preference of MoMLV integration for the first

intron is consistent with the results in mouse (Mooslehner et al., 1990; Scherdin et

al., 1990) and in human tissue culture cells (Wu et al., 2003). We showed that not

only are integrations in the exons mutagenic but also integrations landing in the first

intron of genes are also highly mutagenic (Golling et al., 2002; Wang et al., 2007).

The gene expression level in 80% of the first-intron hits reduced mRNA level to

<10% of wild-type level. Our prediction is that one in five retroviral integrations

will result in a gene disruption that reduces the gene expression level to 10% or less

of the wild-type level.
B. Adapting Retroviral Mapping Strategies to Second Generation Sequencing Technologies
The advantage of retroviral mutagenesis over ENU is that mutated genes are

molecularly tagged by proviral sequences. By identifying genomic sequences flank-

ing proviral integrations, these integrations can be identified in a relatively short time

compared to ENU-mediated mutagenesis (Gaiano et al., 1996b; Golling et al., 2002).

Our lab has established a more efficient method of identifying these integrations.

The identification of the MoMLV integration by linker-mediated-PCR (LM-PCR)

starts by fragmenting gDNA using a frequent cutter restriction enzyme, followed by

ligating linkers and linker-mediated PCR, shotgun cloning, and Sanger sequencing.

However, this method has limitations; we identify fewer integrations than are

predicted based on qPCR data.

Limited recovery is not an issue for phenotype-based screens, as only specific

integrations that are linked with the phenotype need to be recovered. But in order to

implement the reverse genetic strategy to generate a genome-wide knockout library,

it is imperative to recover as many integrations as possible. The published method

(Wang et al., 2007) for identifying integrations is labor-intensive, expensive, and

low-throughput because it requires significant sub-cloning and depends on Sanger

sequencing. To overcome these limitations and improve the mapping process, we

have modified the strategy by adapting it to second generation sequencing technol-

ogies (Fig. 7). The modified method uses three pairs of enzymes (Mse1 and Pst1),

(Bfa1 and BanII), and (Csp6I and BanII). PstI or BanII is used to suppress the

amplification of an internal band that would occur from the 50 LTR (which has

identical sequence to the 30 LTR). Mse1, Csp6I, and Bfa1 recognize 4-base TTAA,

CTAG, and GTAC sites in the genome, respectively, and three enzymes generate the

same 50-TA overhang in the digested DNA. The linkers, consisting of a short and

long strand, are ligated onto the overhanging ends of the gDNA. When these strands

are annealed, the short strand contains non-complimentary sequences that will form

a hairpin. This design prevents unwanted linker-to-linker amplification. The long

strand of the linker does not contain a binding site for the linker PCR primer; instead

it contains an exact match to the linker primer sequence and will only work after its

complimentary sequence is synthesized. As a result, only gDNA containing LTR-

gDNA-linker sequences will be amplified. In order to make the mapping pipeline
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Fig. 7 High-throughput strategy to identify retroviral integrations using next-generation sequencing.

DNA samples corresponding to individual F1 fish are separately digested with three sets of restriction

enzymes to fragment genomic DNA. The digested samples are then ligated with a DNA linker containing

a unique 6-bp barcode to index each F1 fish. The linker-ligated DNA samples are amplified by LM-PCR

using LTR and linker-specific primers to amplify the adjacent genomic DNA sequences. The 50 ends of
the LTR and linker primers also contain adapter sequences required to bind to the Illumina flow cell for

sequencing. Illumina sequencing can generate up to 150 bp of mappable sequences using the paired-end

method. These paired-end sequences are aligned to the latest assembly of the zebrafish genome and

integrations are assigned to corresponding sperm samples using the index of unique barcodes.
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cost-effective and high-throughput, we have replaced the multi-stepped shotgun

cloning and Sanger sequencing process with second generation sequencing technol-

ogy. There are several commercial next-generation sequencing platforms available,

each with some advantages and disadvantages. We utilize the Illumina Genome

Analyzer (GAxII) platform because of high sequence read numbers, relatively low

costs, and simplified template preparation. By using the GAxII, we overcome the

problem of limited sampling as hundreds of samples are pooled together in a single

lane of sequencing and each sample (i.e., fish) will still have tens of thousands of

sequence reads each. However, pooled samples pose a challenge as how to assign the

mapped integrations to their respective fish. We developed a 6-base molecular

barcode strategy and embedded 960 different barcode sequences into linkers; thus

the digested DNA from each F1 fish can be coded individually. This barcoding

strategy allows us to minimize the sample handling and reagent consumption in

LM-PCR reactions as barcoded samples can be pooled together, bringing mapping



4. Retroviral-mediated Insertional Mutagenesis in Zebrafish 77
costs down. We added Illumina adapter sequences to the LTR and linker-specific

primers and these adapter sequences are used to bind the amplicons to the GAxII

flow cells. The LM-PCR products are sequenced from both sides using ‘‘paired-end’’

sequencing. We obtain 24 bp of LTR sequence and 76 bp of genomic sequence on

one side, and 24 bp of linker, the 6 bp barcode, and 70 bp of genomic sequence from

the opposite side. It is therefore possible to get up to 150 bp of genomic sequence for

mapping the retroviral integration, although the majority of the reads in the sequenc-

ing are shorter (�60–70 bp). The sequence reads are filtered to obtain only perfect

LTR and linker sequences, and the resulting subset of reads are aligned using the

short-read aligner program Bowtie (Langmead et al., 2009) and mapped to the latest

assembly of the zebrafish genome.

We have compared our traditional Sanger sequencing method to the barcoded

Illumina method. We recovered �57% more mappable integrations using the latter.

The majority of this increase in recovery can be explained by the use of the three sets

of restriction enzymes and the exhaustive sequence sampling. To date, we have

mapped more than 6000 integrations from 2000 fish in a very high-throughput

and cost-effective manner.
V. Future Directions
The current insertional mutant collection from the Hopkins lab includes over 500

mutants, with mutations in nearly 400 genes; so far we have identified 340 of these

genes. We believe that this represents approximately 25% of the genes which can be

mutated to a visible (and usually lethal) phenotype in the fish (Amsterdam et al.,

2004a). While the characterization of the phenotypes is somewhat rudimentary at

present, numerous ‘‘shelf screens’’ of this collection have been conducted, including

staining with various antibodies, in situ hybridization markers, and other reagents

that illuminate the patterning and development of specific tissues, as well as the

assessment of various physiological functions. Thus a substantial portion of the

genes required for the proper formation of all of these structures will be identified.

The existing collection can also be used to monitor the long-term effects of

heterozygosity of these genes in adults, as mutations that have recessive embryonic

phenotypes might predispose adults to disease in the heterozygous state. The genes

mutated in many of the mutants are known to be autosomal dominant disease genes

in humans. For example, mutations in the zebrafish vHNF1 gene affect both kidney

and pancreas development (Sun and Hopkins, 2001). vHNF1 mutations in the

heterozygous state, while not yet investigated in fish, can lead to either kidney

disease or diabetes in humans (Horikawa et al., 1997; Nishigori et al., 1998).

Similarly, the jellyfish mutation, which results in defective cartilage differentiation

and morphogenesis, is caused by disruption of the sox9a gene (Yan et al., 2002),

while heterozygosity for sox9 mutations in humans leads to campomelic dysplasia

(Foster et al., 1994). Thus, zebrafish heterozygous for insertional mutants could be

screened for susceptibility to a variety of diseases. One example that illustrates the
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utility of this strategy is the identification of insertional mutants with aging pheno-

types; heterozygotes for mutations in either the spinster homolog or telomerase-

binding factor 2 have a shortened lifespan as well as some other markers of aging

such as lipofuscin accumulation and premature retinal degeneration (Kishi et al.,

2008).

Similarly, many genes whose mutation in the heterozygous state is known to

predispose mammals to cancer (tumor suppressor genes) cause prenatal death in

micewhen homozygous (Jacks, 1996). An insertional mutation of theNF2a gene, an

ortholog of a known human tumor suppressor gene (Ruttledge et al., 1994; Trofatter

et al., 1993), is embryonic lethal in zebrafish. Heterozygosity for thisNF2amutation

in zebrafish predisposes them to development of tumors of the nervous system

(Amsterdam et al., 2004b), as it does in mammals. Among a large collection of

recessive embryonic lethal mutations one might expect to find other mutations in

which heterozygotes are more prone to develop cancer, and in fact, a number of the

insertional mutations have increased rates of tumorigenesis as heterozygous adults

(Amsterdam et al., 2004b; Lai et al., 2009).

There is also room for newer vectors or other methods of transgenesis to improve

insertional mutagenesis, many of which are described in other chapters in this

volume. Vectors employing a gene trap or enhancer trap with a visible marker, such

as GFP, could preselect for insertions in genes with expression patterns of interest

(Ellingsen et al., 2005; Kawakami et al., 2004). Such insertions could be selected in

F1 fish after passage through the germline, or gene-trap events could be selected in

vitro, as is often done in ES cells in mice, and then cloned by nuclear transfer

(Lee et al., 2002). It has also been suggested that vectors including transcriptional

regulatory elements, such as the tetracycline-responsive promoter or the binary

Gal4/UAS system, could create inducible gain-of-function mutations (Chen et al.,

2002). One such screen utilized a virus containing multiple Gal4-responsive UAS

sequences. Upon crossing fish harboring insertions of this virus to a transgenic line

expressing Gal4-VP16 in a subset of neurons, genes at the insertion site of the virus

were overexpressed in those neurons (Maddison et al., 2009). Thus, a single gener-

ation screen can identify genes whose overexpression in a particular cell type causes

a phenotype, and this method can be repeated with many different Gal4-VP16

expressing lines. Furthermore, retroviruses need not be the only insertional tool.

Several transposons have been shown to integrate into the zebrafish genome

(Davidson et al., 2003; Kawakami et al., 2000a; Raz et al., 1998); if they could be

mobilized in a controlled fashion similar to P elements in flies (Cooley et al., 1988;

Spradling et al., 1999), they could prove to be a very effective mutagenic tool.

Transposons have also been shown to be effective in delivering gene traps and

enhancer traps, although the frequency with which these vectors mutate the gene

they trap is still unclear (Balciunas et al., 2004; Kawakami et al., 2004; Parinov et al.,

2004; Sivasubbu et al., 2006). Recent unpublished results suggest these vectors are

becoming very promising as mutagens.

Finally, insertional technologies, be they retroviral or transposon based, could

also be used for reverse genetics by generating a library of insertions, as has
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become popular in other model organisms. Thousands of P-element fly lines have

been cataloged with their junction sequences, and thus chromosomal location,

now that the Drosophila genome is complete (FlyBase Consortium, 2002).

Similarly, a consortium of several labs is producing thousands of murine ES cell

clones and identifying the trapped genes by inverse PCR or RACE (Stanford et al.,

2001; Wiles et al., 2000). Furthermore, hundreds of Sleeping Beauty insertions in

live mouse lines are being mapped (Roberg-Perez et al., 2003). In C. elegans,

hundreds of thousands of Tc1 insertion lines have been isolated and their genomic

DNAs have been arrayed to provide a PCR-screenable panel for insertions in any

gene of interest (Zwaal et al., 1993). As described above, we have taken an

analogous approach in zebrafish, as a publically funded effort to create a library

of mapped F1s (Wang et al., 2007 and Section V). Screening such libraries

provides an alternative to screening chemically mutagenized sperm libraries

(Stemple, 2004; Wienholds et al., 2002).

A powerful aspect of large mutant collections is the ability to systematically

screen every gene in the zebrafish genome for phenotypes. Prior knowledge of the

mutated gene enables researchers to use more ‘‘targeted’’ phenotype assessment. For

example, genes expressed in the sensory epithelium of the ear can be tested for

hearing defects in adults if no obvious phenotype is seen in the developing embryo.

Testing of double mutations in duplicated genes would be possible as well. Finally,

the strategies described here would make it possible to systematically track homo-

zygous mutations for adult phenotypes, rather than being limited to testing haploin-

sufficiency phenotypes in adults.
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Abstract
Forward genetic analysis in the zebrafish has largely until now been restricted to

the developmental period from the time of zygotic genome activation through the

end of embryogenesis. However, the use of the zebrafish as a model system for the

analysis of larval, juvenile and adult traits, including fertility and maternal and

paternal effects, is gaining momentum. Here, we describe two different approaches,

an F3-extended family and a gynogenesis-based approach, that allow genetic screen-

ing for and recovery of mutations affecting post-embryonic stages, including adult

traits, fertility, and parental effects. For each approach, we also describe strategies to

maintain and map the identified mutations.
I. Introduction

A. Extending the Range of Forward Genetics Analysis in Zebrafish Screens
The zebrafish continues to gain momentum as a model system to understand a

wide range of biological processes. In spite of its potential range, zebrafish genetic

research in the previous two decades has largely focused on the identification and

analysis of zygotically driven genetic networks involved in embryonic development.

The range of this more thoroughly studied time period has been determined by both

biological and practical reasons: The earlier time point corresponds to about 3 h post

fertilization (hpf), the time at which embryos begin to rely on zygotic gene expres-

sion. The latter limit of this range is at�5 days post fertilization (dpf), the latest point

that the embryo is nutritionally self-sufficient and does not require an externally

supplied food source, which facilitates analysis by the investigator. Intensive studies
[(Fig._1)TD$FIG]

Fig. 1 Use of various genetic schemes to target different developmental stages in the zebrafish. Standard

inbreeding approaches have been used to identify recessive zygotic mutations affecting the period between

the activation of the zygotic genome at MBT (ca. 3 hpf) until 5 dpf. The identification of recessive

mutations in stages past 5 dpf and into adulthood has been facilitated by the use of strategies described

in this chapter, such as extended family- and gynogenesis-based approaches. The identification of parental-

effect genes, which act prior to the MBT, requires producing an additional generation. Mutations affecting

gametogenesis can be identified using strategies targetting adult or parental-effect genes. See text for details.
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of developmental processes in this limited developmental time period have generated

an enormous amount of crucial information to understand key biological questions

including aspects of cell fate diversification, the behavior and movement of cells and

tissues during normal development, and the intricate interactions between these two

types of processes during the development of the body plan and organ systems

However, development encompasses a much broader period that extends after the

embryo exhausts its yolk supply at 5 dpf and enters larval, juvenile, and adult stages

(Fig. 1) (Gupta and Mullins, 2010). Moreover, development of gonads and gameto

genesis in adults is essential for the generation of functional gametes and to provide

products essential in the next generation for the cleavage stage embryo prior to the

activation of the zygotic genome, closing full circle the generational life cycle.

Because of the repeated use of developmental programs throughout the lifespan o

an organism, much of the knowledge gained from the genetic analysis of zygotic

genes in embryonic development has shed light on understanding related processes

at other developmental stages. Thus, zygotically driven signaling pathways involved

in early development have been shown in various model organisms to be reused

during subsequent growth, in adulthood and aging, and the same pathways are

affected in disease conditions such as cancer. However, a large gap remains in

understanding the genetic circuitry acting at these other stages of development

The direct genetic dissection of juvenile, adult, and parental-effect traits through

forward genetics promises to provide important new clues to these processes.

The genetic attributes of the zebrafish allow the powerful method of forward

genetics, so effective in other model systems, to be applied in a vertebrate to identify

and study the functions of genes through loss-of-function analysis. Such an approach

can identify in a systematic and unbiased manner a myriad of genes that are essentia

for a given process, establishing gene pathways within a molecular framework,, o

filling gaps in our knowledge in particular processes, often providing insights in

unpredicted ways.

This chapter presents forward genetic methods for the analysis of juvenile, adult

and maternal- and paternal-effect traits. These methods were originally developed and

carried out primarily to identify maternal-effect genes and previous versions of this

chapter have focused solely on this topic. Such methods were subsequently shown also

to allow the identification of paternal-effect genes and adult traits. However, materna

and paternal effects, as well as defects during gametogenesis also leading to sterility

can be regarded as a specific type of adult trait (involved in the production of viable

progeny). In this chapter, we have expanded this initial focus to include additionally the

genetic analysis of juvenile and adult traits, because the basic approaches are similar
B. Application of Genetic Screens Beyond the Embryonic Lethal Range
Screening for juvenile and adult phenotypic traits requires screening during the

growth and/or aging of the potentially affected clutches (Fig. 1). In addition, and

somewhat counterintuitively, screens for the earliest stages of embryonic develop

ment must be carried out through genetic schemes that utilize an additional gener

ation of crosses (Fig. 1). This is because the earliest stages of embryonic
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development rely on maternally and paternally derived products, and homozygous

mutant adults must be generated to observe the effect of mutations in these inherited

products. We note that mutations causing defects in gametogenesis that lead to

sterility can be screened for either directly in the homozygous mutant individuals

(as a bona fide adult trait) or after breeding, preselecting mutant individuals that fail

to produce viable offspring (in a maternal- or paternal-effect screen) followed by the

analysis of the gonads of the affected parents.
1. Post-embryonic Development: Juvenile and Adults Stages
Depletion of nutritional sources in the yolk cell and the development of the

digestive system, swim bladder inflation, and the appearance of foraging behavior

are synchronized in the zebrafish embryo, such that by day 5 of development larvae

no longer rely on maternal food resources and must find and process extraneous

nutrients (Kimmel et al., 1995; Parichy et al., 2009). Genetic screens probing stages

beyond 5 dpf necessitate the raising of the clutch through a full schedule of feeding

in an aquarium system. Since genome-wide screening in the zebrafish is carried out

by random inbreeding of a sufficiently large number of crosses to maximally

homozygose the mutagenized genome, this extra generation and rearing require-

ments generate a challenge, as now a large number of clutches for each mutagenized

genome need to be maintained and grown until testing.

Nevertheless, many of the phenotypes expected to be of high biomedical relevance

(e.g. those relevant to organ function, physiology, and propensity to disease) will be

manifested in juveniles and adults (for simplicity, hereafter referred to as adults)

(Gupta andMullins, 2010). Thus it would be advantageous to dissect such traits using

forward genetics. A handful of genetic screens have identified recessive mutations

affecting adult traits, including body shape, pigmentation, and eye and fin morphol-

ogy (Haffter et al., 1996; Johnson et al., 1995; Lang et al., 2009; Parichy and Turner,

2003; Wagner et al., 2004), skeletal structures (Andreeva et al., 2011; Harris et al.,

2008), ocular development (Tschopp et al., 2010), fin regeneration (Johnson et al.,

1995), scale formation (Rohner et al., 2009) and gonad formation (Bauer and Goetz,

2001), and other adult morphological features (Wagner et al., 2004).
2. Pre-midblastula Development: Maternal- and Paternal-Effect Genes
In all animals, development from fertilization to the activation of the zygotic

genome at the mid-blastula transition (MBT, Newport and Kirschner, 1982a,b;

Signoret and Lefresne, 1971) depends on maternal factors made during oogenesis

and activated upon fertilization. By necessity, all cellular and developmental pro-

cesses acting during this timewindoware carried out solely by suchmaternal factors.

Although the activation of widespread zygotic gene expression at the MBT marks

the beginning of zygotic gene control during development, it does not imply an

absolute shift between the use of maternal and zygotic products. Rather, in many

instances perduring maternal products interact with newly expressed zygotic
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Fig. 2 Two mutants identified and recovered in systematic screens for maternal-effect mutants. (A,B)

The animal–vegetal polarity mutant magellanp6cv(p6eccv) was identified in an F4 natural crosses screen

(Dosch et al., 2004; Gupta et al., 2010). (A) A wild-type egg shortly after fertilization displaying the

blastodisc prominently at the animal pole. (B) In contrast, in the p6eccv mutant the cytoplasm segregates

to multiple locations around the circumference of the egg (asterisks). AP and VP are the animal and

vegetal poles, respectively (A,B photos courtesy of Florence Marlow). (C, D) The mutation hecatet2800

(t2800), recovered in an EP-based screen (Pelegri et al., 2004), results in defects in the induction of

dorsoanterior cell fates. (C) Awild-type embryo 24 hpf shows the normal body plan, including the head (h)

and the notochord (n), a dorsal mesoderm derivative. (D) An embryo from hecate mutant mothers lacks

anterodorsal structures and is radially symmetric (Lyman-Gingerich et al., 2005, 2006). (t) indicates the

tail region in both wild-type andmutant embryos, which is less extended and contains multiple folds in the

mutant. The asterisk indicates a group of cells that accumulates at the anterior of the embryo.
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products to control developmental processes even after the activation of the zygotic

genome. Maternal products are instrumental for the generation of the embryonic

body plan, for example by establishing both the animal–vegetal and dorsal–ventral

axes (Fig. 2). The animal–vegetal axis is established during oogenesis and marks the

prospective anterior–posterior axis of the embryo, whereas the dorsal–ventral axis

forms during the early cleavage stages prior to the MBT.

Genetic analysis in invertebrate model organisms, such as Drosophila and

Caenorhabditis elegans, has revealed networks of maternal factors involved in basic

cellular functions, establishment of egg polarity, and the regulation of cell fates

(Kemphues and Strome, 1997; Schnabel and Priess, 1997; St. Johnston and

N€usslein-Volhard, 1992). In vertebrates, a much more limited knowledge of maternal

gene function has been acquired in model organisms such as Xenopus through

embryological and molecular approaches, and in mouse through targetted gene

mutation approaches. Studies in teleost fish including the zebrafish have also begun

to address the requirement of maternally driven genes in early development. Such

maternal processes span basic cellular functions such as fertilization, egg activation,

and the early cellular and nuclear divisions, as well as the induction of embryonic cell

fates and the execution of morphogenetic movements during gastrulation (reviewed

in Abrams and Mullins, 2009; Lindeman and Pelegri, 2010; Putiri and Pelegri, 2008).

Genetically, mutations in such maternal-effect genes manifest themselves in the

embryos from females homozygous mutant for these genes (for recessive alleles),

regardless of the genetic composition of the sperm. The genotype of the sperm is not

important because the function of the gene in the embryo depends on its expression in

the mother during oogenesis and in this way the gene function is supplied to the egg.

For this same reason, the mutant phenotype is expressed in 100% of the progeny of

mutant females (in cases of fully penetrant mutations), because all eggs are made

from the same mutant ovarian germline. The first forward genetic screens to isolate

recessive maternal-effect mutations in vertebrate species have been performed in the

zebrafish (Dekens et al., 2003; Dosch et al., 2004; Kishimoto et al., 2004; Pelegri and

Schulte-Merker, 1999; Pelegri et al., 1999, 2004; Wagner et al., 2004) and have led to

a number of important new findings (reviewed in Abrams and Mullins, 2009;

Lindeman and Pelegri, 2010; Putiri and Pelegri, 2008).

Testing of putative homozygous males in the Mullins screen also led to the

identification of a surprisingly large number of paternal-effect mutations (Dosch et

al., 2004; Wagner et al., 2004; Yabe et al., 2007). Paternal-effect genes were mani-

fested in the progeny of homozygous mutant males, irrespective of the genotype of the

mother. The identification of paternal-effect genes was somewhat unexpected con-

sidering the well-established view that most of the materials inherited by the embryo

from its parents are stored in the large, sessile oocyte, as opposed to the much smaller,

motile sperm cell. However, the identification of these mutations is consistent with

the expected requirement for male germline genes in chromosomal segregation

during meiosis in spermatogenesis (Poss et al., 2004), as well as the inheritance of

a pair of centrioles in the sperm cells for the centriole-less oocyte (Yabe et al., 2007),

and the isolation of paternal-effect mutants in Drosophila (Wakimoto et al., 2004).
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In spite of this progress, our knowledge of the functions of maternal- and paternal-

effect genes (which for simplicity we will refer to as parental-effect) in early

development in zebrafish and vertebrates in general remains superficial and discon-

nected. Ongoing and future screens in zebrafish, together with studies of the current

mutants in zebrafish and mouse, and further molecular investigations in other model

systems such as Xenopus should help fill these gaps of knowledge.
II. Strategies for Adult Trait and Parental-effect Screens
There are two approaches that have been used to identify de novo recessive

mutations affecting adult and parental-effect genes in the zebrafish: a) F3 screen

for adult traits and F4 for parental-effect traits based solely on natural crosses and b)

an F2 screen for adult and F3 for parental-effect based on gynogenesis, specifically

the technique of Early-Pressure (EP). These alternatives differ in various important

ways, which are summarized in Table I and described throughout this chapter. Here,

we discuss these alternatives and provide detailed protocols to implement them.
A. F3 Screen for Adult Traits and F4 for Parental-effect Traits Based on Natural Crosses that
Integrates a Mapping Strategy
Onemethod to produce recessive, homozygousmaternal-effectmutants is through a

three-generation inbreeding strategy. Although at first glance this method is expected

to occupy an enormous amount of tank space, consolidating the F3 generation into a
an F4 screen based solely on natural crosses and an F3 screen based on gynogenesis (EP)

Genetic approach

F4 based on natural crosses,

(F3-extended family)

F3 based on gynogenesis

ed in screen Lethal- and sterile free Lethal- and sterile-free. Amenable

to IVF and EP-based gynogenesis.

Needs to produce females under

gynogenetic conditions

Sibling pair matings Induction of gynogenetic clutches using EP

s needed Three, plus maternal-effect test Two, plus maternal-effect test

ed Large to moderate Moderate to small

ithin a family

t maternal-

1/16 Variable, between 50% toward 0%,

depending on distance between

the locus to the centromere

ping scheme Feasible Difficult, due to low number of

surviving gynogenotes

rnal-zygotic

t mutations

Feasible Feasible, but more difficult due to

reduced fertility of gynogenotes
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single tank comprised of an ‘‘F3-extended family’’ makes this approach considerably

more practical. This scheme begins similarly to F3 zygotic screens (Driever et al.

1996; Haffter et al., 1996; Mullins et al., 1994). As shown in Fig. 3A, G0 male fish are

mutagenized with 3 or 3.3 mM ENU as described (Mullins et al., 1994), crossed to

wild-type females, and their F1 progeny raised. Each F1 fish carries a different set of

mutagenized genes derived from the independently mutagenized spermatogonial cells

of their fathers. F1 fish are interbred and the F2 progeny, referred to as an F2 family, are

raised to adulthood. Each F2 family contains two mutagenized genomes, one from its

mother and one from its father. In a zygotic screen, the fish of a given F2 family are

intercrossed, and the F3 embryos are screened for recessive mutant defects. To identify

adult and parental-effect mutations, the F3 progeny are instead raised to adulthood. As

with a zygotic mutation, for an adult or parental-effect mutation that is present in an F2
family, one-quarter of the F2 intercrosses will yield F3 families containing 25%mutan

adults or parental-effect mutants.

Similar to a zygotic mutation, if a recessive, adult, or parental-effect mutation

exists in an F2 family, the probability of identifying it directly depends on the number

of F3 families generated from F2 intercrosses and the number of F3 females screened

from each F3 family (see Section II.A.3. for formulas). To obtain a 90% probability

of making amutation homozygous, eight F2 intercrosses are required, corresponding

to eight F3 families raised from each F2 family. If these eight F3 families each occupy

a separate tank, then an eightfold increase in tank space is required beyond tha

needed for an F3 zygotic screen. To make such a maternal-effect screen practical for

the moderately sized fish facility, multiple F3 crosses from a single F2 family are

pooled into an ‘‘F3-extended family,’’ comprised of siblings and cousins, and raised

in a single tank. Specifically, if eight crosses from each F2 family are desired, then

equal numbers of each cross are pooled and raised together. If it is necessary to set up

the F2 family more than once to obtain the desired eight crosses, then separate pools

are generated on different days, which are then pooled at a later point.

In an F3-extended family, recessive adult or parental-effect mutants represent one-

sixteenth of the total adults or males or females, rather than one-quarter because F2
intercrosses generating mutant and non-mutant progeny are pooled. The advantage is

that only one tank is occupied and screened, rather than 8, which is significant savings

in space. However, the same number of adults is screened whether they are in eigh

separate or one consolidated tank. To obtain an 80% probability of identifying a

mutant if it exists in an F3-extended family (see also Section II.A.3), 25 F3 individuals

must be screened. F3 individuals are screened for phenotypes using the desired assays

(adult phenotypes) or by crossing them to sibling or wild-type individuals and exam-

ining their F4 progeny for defects (parental-effect phenotypes). Far fewer F4 embryos

are examined for defects in a parental-effect screen than a zygotic screen, because al

or nearly all embryos are affected, in contrast to 25% for a zygotic mutant phenotype
1. An F3-Extended Family Approach with Integrated Mapping
A chromosomal mapping cross can be integrated into an F3 adult or F4 parental-

effect screen using a natural crosses approach, which allows one to map the mutation
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to a chromosomal position in the F3 generation. This integrated mapping strategy is

particularly beneficial in the case of parental-effect mutations, which are difficult to

propagate because they typically produce all non-viable progeny. However, a simila

difficulty would arise if the mutations are detrimental during the juvenile or adul

stages to the extent that mutant carriers cannot reproduce. In these cases it is

necessary to identify heterozygous females andmales. This can be greatly facilitated

by mapping the mutation to a chromosomal position, which has the additional value

of initiating the molecular isolation of the mutated gene. The mapping strategy is

discussed further in Section V.A.
2. Identification of Maternal-Zygotic, Male Sterile, and Paternal-effect Mutations
Crossing F3 females with F3 sibling/cousin males permits the simultaneous iso

lation of maternal-zygotic, zygotic, as well as male sterile and paternal-effect muta-

tions. F3 intercrosses provide a�50% probability of detecting a mutant that requires

loss of both maternal and zygotic gene activity, which is not possible if the F3 female

is crossed with a wild-type male. All zygotic mutations in the F2 family are stil

present in the F3 family, so the F4 embryos from F3 intercrosses can be screened no

only for maternal-zygotic, but also for zygotic mutants, if desired. In F3 sibling

cousin crosses, paternal-effect and male-sterile mutations are also revealed.

If a mutant is identified in the F4 embryos, the type of mutation induced can be

distinguished by crossing the F3 female and male parental fish separately with wild-

type fish and examining the progeny for defects. If the mutation is a maternal- o

paternal-effect or a female or male-sterile mutation, then the defect is evident in the

F4 embryos, even when the F3 fish is crossed with wild-type. For a maternal-effect o

female-sterile mutation, the F3 female will be the cause of the defective embryos

whereas for a paternal-effect or male-sterile mutation, the F3 male parent will be the

sole cause of the defect. For recessive zygotic and maternal-zygotic mutations, the

F4 embryonic defect will depend on both F3 parents. A different fraction of affected

F4 embryos is expected for fully penetrant maternal-zygotic versus zygotic muta-

tions. For a maternal-zygotic mutant, the F3 female is homozygous and the F3 male

heterozygous for the mutation resulting in 50% mutant progeny, whereas a zygotic

mutation yields 25% F4 mutants.
3. Assessment of the F4 Natural Crosses Screen for Maternal-effect Mutations
Typical values for several parameters of an F4 natural crosses screen are shown in

Table II. The results of an F4 natural crosses strategy, using an F3-extended family and

incorporating amapping cross, have been published (Dosch et al., 2004;Wagner et al.

2004). In such an F4 screen, the number of mutagenized genomes (G) screened

contributed by a given F3-extended family is determined by the following formula

G = (1–0.9375n)� 2� (1–0.75m). The term (1–0.9375n) is the probability of identi-

fying an F3, recessive maternal-effect mutant female present in an F3-extended family

if ‘‘n’’ females are screened within that family. The factor ‘‘2’’ represents the two

mutagenized genomes derived from the two F1 fish. The term (1–0.75m) is the fraction



Table II
Statistics in an F4 natural crosses screen

% F2 families used to generate F3 familiesa 85%

# F2 intercrosses generating an F3-extended family >8

Fraction of F1 mutagenized genomes homozygous in F3-extended family >90%

# F3 females screened/F3-extended family 24

Fraction of genomes screened in F3 family 79%

# haploid genomes screened /# F3-extended familiesb 1.4

Maternal-effect mutants identified/genome screened 0.11 genomes

Fraction of candidate mutations that are recovered 95%

a Due to the female bias in hybrid strains that are needed to make the mapping cross, a fraction of the F2
families have three or less males. These families are difficult to work with and so are discarded.

b Since F1 fish are interbred tomake the F2 genome, there are twomutagenized genomes present in the F2
family and therefore greater than 1 mutagenized genome is ultimately screened in each F3-extended

family.
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of the two mutagenized genomes expected to be homozygous in the F3 generation,

where ‘‘m’’ is the number of F2 crosses that comprise an F3-extended family.
B. F2 Adult or F3 Parental-effect Trait Screens Based on EP-induced Gynogenesis
Artificially induced gynogenesis in zebrafish involves diploidization of themater-

nal haploid genome, producing viable offspring with solely a maternal genetic

contribution (Streisinger et al., 1981). The incorporation of gynogenesis into a

genetic scheme for adult or parental-effect mutations allows the direct production

of homozygotes for induced mutations from a single heterozygous F1 carrier,

bypassing one generation in comparison to a scheme based solely on natural crosses

(compare Fig. 3A and B). Due to the large number of chromosomes present in the

zebrafish, genetic screens in this organism involve the whole genome and are

essentially blind, screening all mutagenized chromosomes simultaneously, rather

than individually as done in the fly and worm. Therefore each generation in a screen

generates an exponentially increasing number of crosses. Thus, bypassing one

generation through the use of EP allows a significant reduction of the time and

space required to carry out an adult or parental-effect screen.

In a basic gynogenesis-based scheme (Fig. 3B), mutations are induced in the

germline of parental (P) males by exposing them to the point-mutagen N-ethyl-N-

nitroso-urea (ENU) (Mullins et al., 1994; Solnica-Krezel et al., 1994; van Eeden et

al., 1999). P males are then crossed to produce F1 progeny heterozygous for induced

mutations. Eggs are extruded from the F1 females and gynogenesis is induced. This

allows newly induced mutations to become homozygous in up to 50% of the

gynogenetic F2 generation (see Section II.B.1). Adult F2 individuals can be screened

directly for mutations affecting adult traits as well as parental-effects by testing their

F3 progeny for embryonic phenotypes.

In the EP-based screen, the production of F3 clutches during a parental-effect

screen is best achieved by in vitro fertilization (IVF) using wild-type sperm. This is
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Fig. 3 (A) F4 natural crosses screen strategy. Males of the parental generation (P) are mutagenized with ethylnitrosourea (ENU),

to induce new mutations (m*) and crossed to wild-type females. F1 fish are raised, each of which carries a different set of

mutagenized genes. Two mutations are shown, m1 and m2, each carried by one of the two F1 fish. Only mutation m1 is followed

in subsequent generations for simplicity. Two F1 fish are intercrossed and an F2 family raised. Half of the individuals of the F2 family

are heterozygous for m1. The F2 fish are intercrossed to make an F3-extended family (see text), composed of equal numbers of F3
fish from each of the F2 intercrosses of one family. One-quarter of the F2 intercrosses are betweenm1 heterozygotes, producingm1

homozygotes in 25% of their F3 progeny. F3 individuals can be tested for larval, juvenile, and adult phenotypes, as well as for

parental effects in the F4 generation. (B) EP-based screen strategy. F1 heterozygous females carrying newly induced mutations

(boxed with hatched lines;m* andm1 as in (A)) are treated to induce gynogenetic F2 clutches, which can contain homozygotes for

maternal-effect mutations (boxed with solid lines). F2 individuals can be tested for larval, juvenile, and adult phenotypes, as well as

for parental effects in the F3 generation. A fraction of EP-derived progeny will be heterozygous for the mutation. Hypothetical

results are shown using a gene with an average centromere–locus distance (see text).
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because sib–sib crosses mate inefficiently due to the semisterility of sibling males

caused by both the female-rich genetic background (see Section III.B.2) and EP-

induced inbreeding. On the other hand, IVF is facilitated by the fact that females

from the background line are easily stripped of eggs. The use of IVF precludes the

possibility of identifying maternal-zygotic mutations (see Section II.A.2), although

the use of selected lines may allow this in the future. However, IVF has the advantage

that it allows the production of F3 clutches that can be immediately observed and

followed synchronously, thus facilitating the identification of early phenotypes (see

Section II.C). In addition, because all clutches are fertilized by the same batch of

sperm solution, IVF allows the rapid identification of maternal mutations that affect

the ability of the egg to become fertilized (which requires re-testing in a natural

crosses screen approach, because unfertilized clutches are sporadically observed in

natural matings from wild-type parents). Because of the relatively high incidence of

semisterility in EP-derived clutches, this strategy is not recommended for the
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isolation of male-sterile mutations causing a lack of fertilization (e.g., resulting from

defects in spermatogenesis), although this approach is in principle amenable to the

identification of paternal-effect phenotypes in fertilized embryos (e.g., defects in

chromosome segregation during meiosis (Poss et al., 2004), centriole complement

defects (Yabe et al., 2007)) that lead to embryonic lethality.

Because of the relatively small number of surviving individuals in the F2 gyno-

genetic clutches, it is not currently practical to incorporate amapping strategywithin

an EP-based genetic screen as described above for screens based solely on natural

crosses (see Section II.A.1 and V.A), although this may be possible in the future

through the use of selected polymorphic lines (see Section III.B). Rather, in an EP-

based screen, mapping crosses are currently initiated after recovery of the mutation

(see Section V.B).

Although the incorporation of gynogenesis can simplify an adult and parental-

effect genetic screen, gynogenesis itself is only efficiently induced under specific

conditions. In a scheme for such a gynogenesis-based screen, the main goal is the

efficient production of fertile gynogenetic F2 adults that are homozygous for newly

induced mutations. A number of variables need to be optimized to carry out this

procedure, which we discuss below. First, a suitable method of gynogenesis needs to

be selected. Secondly, an appropriate mutagenesis dosage needs to be chosen to

induce a reasonably high rate of mutations, while allowing the production of viable

homozygous adult mutants. In addition, lines amenable to gynogenetic procedures

need to be selected (see Section III.B).
1. Choice of Gynogenetic Method
There are two main techniques for the artificial induction of gynogenesis in the

zebrafish: Early Pressure (EP) andHeat Shock (HS) (Streisinger et al., 1981; see also

Fig. 3 in Pelegri and Schulte-Merker, 1999). In both methods, eggs are first artifi-

cially fertilized with sperm whose genetic material has been inactivated by UV

irradiation. In the absence of further treatment, these eggs would develop into

haploid embryos that are inviable. Both EP and HS lead to the diploidization of

the genetic content of the egg, thus producing viable, diploid embryos.

In EP, diploidization is induced by the application of hydrostatic pressure between

1.33 and 6 min after egg activation (see Section VI.C.6). This treatment inhibits

completion of the second meiotic division and the expulsion of the 2 � polar body,
resulting in a diploid egg. HS, on the other hand, inhibits cytokinesis of the first

mitotic division of haploid embryos by applying a heat pulse during 13–15 min after

egg activation (see Section VI.C.5), transforming haploid embryos into diploid ones.

Hydrostatic pressure, applied late, has also been used as an alternate method to

inhibit the first mitosis, although it has been found to be less effective and more

cumbersome than HS (Streisinger et al., 1981).

In theory, HS ismore efficient than EP in the direct induction of homozygosity and

therefore might be the technique of choice in a maternal-effect screen. This is

because HS-derived progeny are homozygous at every single locus, and therefore
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50% of HS-derived F2 progeny are homozygous for a mutation present in hetero-

zygous form in the F1 mother. EP, on the other hand, due to recombination during

meiosis, leads to a variable degree of homozygosity ranging from 50% toward 0%

depending, respectively, on whether loci are linked to the centromere or are distally

located. Thus, HS would, in principle, provide the highest possible yield of homo-

zygous mutant adults for all loci regardless of their chromosomal location.

Moreover, the expectation of a fixed percentage of homozygous mutant females

would aid in the assessment of newly identified phenotypes.

In spite of these obvious theoretical advantages of HS over EP, in practice EP is

superior to HS as a gynogenetic method for a number of reasons. First, EP is about

twofold more efficient than HS in inducing diploid, viable gynogenotes (Table III; see

also Streisinger et al., 1981), presumably due to a greater intrinsic ease of inhibiting

the extrusion of the polar body during meiosis rather than cytokinesis during the first

mitosis. Moreover, EP-derived adults, probably due to their higher heterozygosity,

show viability and fertility rates that combined are about fourfold higher than those in

HS-derived clutches (Table III). Thus, the final yield of fertile adult gynogenotes

derived from EP is about eightfold higher than that derived from HS.

Higher levels of heterozygosity in EP-derived gynogenotes are beneficial for

additional reasons. First, under mutagenic conditions, the yield of HS-gynogenetic

clutches is expected to be further reduced by a factor of 0.5 per induced zygotic

recessive-lethal mutation, while EP-derived clutches are expected to be reduced by

an average factor of 0.23 (see Section II.B.2). Secondly, in the case of mutations that

affect fertility, the increased heterozygosity of EP gynogenotes improves the odds of

recovering newly identified mutations. This occurs because the overall fraction of

fertile siblings that carry a given mutation, due to a decrease in the fraction of the

(sterile) homozygous mutant females, is greater in EP-derived clutches than in HS-

derived ones (see Section IV.A.2).
Table III
Comparison of Heat Shock- and Early Pressure-induced gynogenesis (gol-mix line)

Heat Shock Early Pressure

Viability at d5

(viable/fertilized eggs)a
0.09

n = 3590

0.21

n = 4368

Fraction clutches with > 6 viable d5 fish 0.41

n = 29

0.93

n = 29

Clutch size

(viable d5 fish/clutch)

10

n = 29

37

n = 29

Adult viability

(viable at 3 mo./d5 viable)

0.53

n = 324

0.66

n = 218

Fertility

(fertile adults/total adults)

0.23

n = 13

0.65b

n = 226

a Viable at day 5 are defined as fish that can inflate their swim bladders.
b Value from F2 descendants of P males mutagenized with 2 mM.



5. Genetic Screens for Mutations Affecting Adult Traits and Parental-effect Genes 97
Themain drawback of the higher heterozygosity of EP gynogenotes is that it leads

to an intrinsic bias against the identification of distally located mutations. However,

measurements of the frequency of homozygosity (Fm) of random zygotic mutations

after EP-induced diploidization range from 0.50 to 0.04, with an average value of

0.23 (16 loci; Neuhauss, 1996; Streisinger et al., 1986). With the assumption that

maternal genes are similarly distributed throughout the chromosomes, these data

suggest that the majority of these genes are sufficiently close to a centromere to be

identified through an EP-based screen.

For these reasons, we chose EP over HS as a gynogenetic method for our screen,

although it is possible that HS may become applicable in the future with the use of

selected lines.
2. Mutagenesis Dose
In the F2 gynogenetic generation, homozygosity for mutations in essential zygotic

genes will lead to a decreased survival of gynogenotes. For example, the mutagenic

dosage used in large-scale zygotic screens (3� 1 h treatments with 3 mM ENU) is

expected to induce about one embryonic lethal and one larval lethal per haploid

genome (Haffter et al., 1996; Mullins et al., 1994; Solnica-Krezel et al., 1994). This

implies that under this mutagenic condition, only 59% of what would be otherwise

viable EP-derived gynogenotes (25% using HS) would survive to adulthood. Thus, we

reduced the ENUdosage in our maternal-effect screen experiments. Similar reductions

in the strength of mutagenic treatments were adopted for maternal-effect screens in

Drosophila and C. elegans (see, for example, Kemphues et al., 1988; Lehmann and

N€usslein-Volhard, 1986).We have observed that a mutagenic dosage of 3 � 1 h 2 mM

ENU treatments begins to have amild effect on the viability of F2 gynogenetic clutches

(not shown). These conditions lead to a mutagenic rate, as assayed by the frequency of

newly induced albino alleles, estimated to be about one-third of the rate induced by the

standard (3 mM ENU) treatment (Mullins et al., 1994; Pelegri and Schulte-Merker,

1999; Solnica-Krezel et al., 1994), or about 0.3–0.4 embryonic lethal mutations per

haploid genome. We chose for our screen the ENU concentration of 2 mM as a

compromise between a moderate mutagenic rate and a practical level of viability.
3. Assessment of EP-based Screens for Maternal-effect Mutations
The results from genetic screens using an EP-based method have been described

elsewhere (Pelegri and Schulte-Merker, 1999; Pelegri et al., 2004, see also Dekens et

al., 2003; Lyman-Gingerich et al., 2005; Pelegri et al., 1999). Typical survival and

yield values are presented in Table IV.

To estimate the number of genomes screened using an EP-based method, one needs

to keep in mind that the number of genomes screened depends on the level of EP-

induced homozygosity (Fm), which in turn is inversely related to the centromere to

locus distance. Thus, the number of genomes screened will differ according to the

position of geneswith respect to the centromere. To estimate such values, one can first



Table IV
Statistics in an F3 gynogenesis-based screen

% F2 clutches grown to adulthooda 45%

% F2 clutches with fertile adult femalesb 20%

# screened haploid genomes/# F2 clutches with fertile femalesc 0.45 (proximal) – 0.27 (average)

Maternal-effect mutants identified/# haploid genomes screenedd 0.11–0.19

% of candidate mutations that are recoverede 44%

a EP-derived F2 clutches with at least six viable fish on day 6 of development.
b Fertile females are defined as those that produce normal eggs, which upon activation exhibit the wild-

type translucent appearance and can be fertilized to exhibit either a normal or a characteristic

abnormality in the early cleavage pattern.
c The number of genomes screened depends not only on the number of females tested but also on the

average distance of the loci to the centromere (Section II.B.1). The values presented are derived from

the number of females tested for each family, so that mutations present in the family have a 0.97 chance

of being identified, assuming Fm values of 0.50 and 0.23, respectively, for centromere-linked loci and

loci at an average distance to the centromere. F2 families are considered to carry a candidate mutation

when they contain females that produce a phenotype in 100% of the F3 offspring, and the phenotype

appears in more than one independent F3 clutch.
d The range given is estimated by assuming that the isolatedmutations are all either proximal (0.11) or at

an average distance to the centromere (0.19).
e Mutations in some lines are not recovered due to a variety of reasons: false positives in the original

tests, inability to recover the line due to insufficient fish to perform recovery crosses, and variability in

the penetrance of the mutation.
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estimate the critical number of F2 females that need to be screened in a given family to

result in a 90% probability of detecting a newly induced mutation present in that

family. For example, with an average Fm value of 0.23 (see Section II.B.1), nine F2
tested females per clutch would be needed to detect a newly induced mutation with a

90% probability. This estimate corresponds to an average locus and varies greatly

depending on the centromere–locus frequency: To reach a similar frequency of

detection for centromere-linked (Fm: 0.5) and distal (Fm: 0.05) loci, the critical number

of F2 females tested per clutch is 4 and 44, respectively. For specific Fm values, each

family where the number of tested F2 females is equal to or larger than the critical

number of F2 females contributes one screened haploid genome. In cases where the

number of F2 females tested per family is less than the critical value for a given Fm, the

number of tested F2 females can be pooled to find a combined number of screened

genomes contributed by that pool. The latter value is calculated by dividing the pooled

number of tested F2 females by the critical value needed to screen one haploid genome

at a 90% certainty. The total number of haploid genomes screened is the sum of all

families with more than the critical number of tested F2 females and the combined

number of genomes calculated from the pooled number of tested F2 females.
C. Screening
Adults homozygous for newly induced mutations, either in the F3 generation in an

extended-family screen or the F2 generation in an EP-based screen, can be screened
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for adult or parental-effect phenotypes. In practice, both of these types of traits may

be screened in tandem within the same screen, first for any number of adult pheno-

types and subsequently, upon crossing and creating a subsequent generation, for

parental-effect genes in the progeny. This is only applicable, however, when the adult

phenotype assays are non-invasive and are not expected to interfere with each other,

gametogenesis or mating behavior.

When adult screen assays are not compatible with each other (e.g., when adult

assays are invasive or involve treatments that may affect another assay), multiple

assays can still be combined albeit utilizing different sets of screened fish. However,

the screens as normally carried out generate a relatively low number of homozygous

mutants: for an F3 extended family approach 1/16 of a typical size family of 60, or

about 4 (or 2 if the phenotype is specific to one of the sexes); for an F2 EP-based

gynogenesis approach 1–12 (0–6 if sex-specific) of a clutch of 24 reaching adult-

hood. Considering that the identification of multiple individuals within the same

family can be crucial to distinguish genetically transmitted traits from possible

syndromes with a non-genetic basis, screens as typically carried out are therefore

reaching the limits of detection. Therefore, in cases of non-compatible assays it is

advisable to generate a larger number of adults (i.e., an increase in number propor-

tional to the number of non-compatible assays being used). This allows for sufficient

screenable adults for reliable detection of new phenotypes while taking advantage of

the already generated mutagenized P0males and heterozygous carrier F1 individuals.
1. Screening for Adult Traits
Adults potentially homozygous for newly induced mutations can be screened for

any desired adult phenotype (see, for example, Andreeva et al., 2011; Bauer and

Goetz, 2001; Haffter et al., 1996; Johnson et al., 1995; Lang et al., 2009; Tschopp et

al., 2010). Given the limited number of expected adult homozygous mutants in a

given family or clutch (see above), adult trait screens create a particular concern in

that the screenable assays need to be robust. One aspect of assay robustness is

whether the mutation exhibits the phenotype with a high penetrance when present

in homozygousmutant individuals. Ideally, this can be confirmed by the existence of

previously isolated, highly-penetrant mutations with a similar phenotype. In the

absence of such preexisting mutations, a pilot screen may determine whether highly

penetrant mutations affecting the trait can be isolated.

Another important variable to assay robustness is the incidence of false positives

caused by non-genetic deficiencies and syndromes. This can be determined in

practice by determining, prior to initiating the screen, the fraction of individuals

that appear to test positive (defective) in a large number of unmutagenized, wild-type

adult fish of the same genetic background. Because of sporadic false positive effects,

it is highly advisable that, when possible, any putative homozygous mutant individ-

ual be tested at least a second time with the primary assay, or tested with a different

yet related assay. Such retests or secondary screening tests can eliminate most

sporadic effects. Acceptable rates of false positives are therefore determined by
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the fraction of screened individuals that can be feasibly retested/secondarily tested

during the screening process. For example, false positive incidence rates that result

in having to retest up to 10% of all screen families may be acceptable, provided that

these subsequent tests can be readily incorporated into the ongoing screen.

Even when a putative mutant individual retests with the same phenotype as in the

primary screen, it remains a possibility that the cause is syndromic (non-genetic). In

this case, secondary, more precise screens, which may be more involved but have a

lower rate of false positive incidence, may allow one to distinguish between non-

genetic syndromes and newly identified mutations. Ultimately, however, propaga-

tion of the mutation to a subsequent generation in a mendelian manner is the only

fool-proof method to verify the genetic basis for an observed phenotype. Because

such a propagation step is labor intensive, the assay(s) used in the screen should

attempt to eliminate false positives as much as possible, thus minimizing the fraction

of lines that need to be tested for mendelian segregation through additional

generations.
2. Screening Embryos for Parental-effects
Once adults that may be homozygous for a parental-effect mutation are produced,

embryos from those adults are screened for potential defects. For parental-effects,

the uncertainty caused by sporadic non-genetic syndromes is lessened by the fact

that parental-effect phenotypes caused by homozygosity in the parent are observed

in multiple progeny individuals (ideally most if not all of potentially hundreds of

embryos), each of them providing support for the existence of a true genetic muta-

tion. This essentially amplifies the signal from the screen and frequently allows one

to infer the presence of a new mutation from a single identified mutant individual

(a notable exception to this is the case of axis-deficient or ‘‘ventralized’’ pheno-

types, which occur sporadically as a maternal effect at a relatively high frequency

in wild-type females; in this case retesting of the female or identification of

multiple mutant affected sibling females with the same phenotype is essential).

To screen for parental-effect phenotypes, embryos are collected as early as pos-

sible or within 2 hpf. As mentioned above (see Section II.B), in EP-based strategies

for maternal-effect genes, clutches can be derived by IVF. This allows one both to

observe and synchronize their development immediately after fertilization. On the

other hand, if the screened embryos are produced through natural crosses, early

observation and synchronization of the clutches can be approached by taking

advantage of the propensity of zebrafish to lay eggs during the early hours of

their daylight cycle. In practice, this is done by setting up crosses toward the end

of the light cycle and collecting embryos during the early hours of the following

light cycle. Alternatively, pair matings can be set up during the first two hours of

the light cycle, and embryos can be collected in the same day (this prevents the

occurrence of eggs being laid during the previous night cycle but has the disad-

vantage that egg laying is less synchronized, and continuous monitoring for egg

laying is needed throughout the first half of the light cycle).
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The early collection of eggs allows one to discard clutches that have undergone

aberrant ovulation, which can occur in a small fraction of clutches from wild-type

females and which if undetected would provide false positives in the screen. This

early observation also allows one to determine whether the cleavage and cellulariza-

tion pattern characteristic of wild-type embryos is normal. Because unfertilized

embryos also exhibit a pattern of irregular cleavages (pseudocleavages, Kane and

Kimmel, 1993), it is important that such early embryos are carefully observed to

reveal potential differences between pseudocleavage formation and an abnormal

early cellular pattern. Once the regular pattern of cellular cleavage characteristic of

normal fertilized embryos is detected, fertilized embryos are sorted and transferred

to a clean plate at low densities (40 embryos per 10.5 cm dia. plate). Embryos are

subsequently screened for deviations from the wild-type developmental pattern

(Kimmel et al., 1995, see also van Eeden et al., 1999, for a sample scoring chart).

This screening strategy relies on the incorporation of the sperm into the egg, which

is necessary for patterns of cleavage distinct from those in unfertilized eggs.

Parental-effect mutations acting at earlier steps in oogenesis and egg maturation

may also be identified by screening clutches shortly after fertilization, for example

maternal-effect mutations affecting the animal–vegetal axis of the eggmanifest their

defects in the directional movement of ooplasm during egg activation (Fig. 3B,

compare to A; Dosch et al., 2004), and paternal-effect mutations affecting centriole

duplication during spermatogenesis exhibit a one-cycle delay in cell division

(Yabe et al., 2007). In addition, it is possible to identify mutations affecting game-

togenesis by selecting for non-egg laying females or in the case of males, selecting

for a failure to fertilize eggs and then screening these individuals for gonadal defects

by dissection and/or sectioning (Bauer and Goetz, 2001; M.C.M. unpublished).
III. Selection of Lines for Genetic Screens

A. Selection for Lethal/Sterile-free Background Lines
An important characteristic desired in a genetic background is the absence of

preexisting mutations, whether zygotic or parental. In any kind of screen, whether

based on gynogenetic techniques or natural crosses, the use of lines free of preexist-

ing mutations is important for two reasons. First, lines free of lethal mutations

diminish unwanted background lethality, which reduces brood sizes and can pre-

clude the isolation of new mutations linked to the background mutation. In addition,

the use of lines free of preexisiting mutations eliminates the possibility of isolating

multiple copies of a mutant allele already present in the genetic background.

Selecting for the absence of lethal or sterile mutations can be carried out in twoways.
1. Continuous Inbreeding
Wild-type stocks free of zygotic lethal and sterile mutations can be obtained by

inbreeding individuals for two generations and essentially screening the F2
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generation for lethality and sterility phenotypes. In a stock maintained by mixed

breeding of many individuals (to maintain genetic diversity and prevent unhealthy,

highly inbred stocks) two generations of inbreeding of several pairs of fish can

reduce the likelihood of background mutations being present in the parental gener-

ation. Individual pairs of wild-type fish are intercrossed and their respective F1

progeny raised in separate tanks. The F1 progeny are then intercrossed and screened

for zygotic lethal mutations in the F2 generation. A reliable indicator of zygotic

lethal mutations is the lack of swim bladder inflation at 5 dpf, in addition to obvious

defects at earlier stages in 25% of the brood. By examining F2 embryos from at least

12 intercrosses from one F1 family, a>95% probability exists that a mutation will be

detected, if it exists in that particular family.

If lethality is not observed in any of the 12 crosses, then the F2 fish from the 12

individual F1 intercrosses are raised in a separate tank and screened for late lethal

mutations, as well as maternal and paternal effect, and female- and male-sterile

mutations. The total number of F2 adults is counted and compared to the number

of larvae initially raised. If a late lethal mutation exists, then 25% of the larvae

will not survive to adulthood. Several crosses can be raised between unrelated

individuals to control for non-genetic lethality associated with normal fish rais-

ing. Only lethality significantly beyond that of normal fish husbandry is then

considered as a potential late lethal mutation. From each F2 family 12 males and

females are intercrossed and their embryos examined. If the F3 embryos are

normal, then the probability is>95% that maternal- and paternal-effect and sterile

mutations do not exist in those F2 fish. If two such F2 lines are established from

different F1 fish, then the males can be mutagenized and then interbred to females

from another F2 line in the parental generation of the screen to prevent further

inbreeding.
2. Whole Genome Homozygosity Through HS-induced Gynogenesis
The gynogenetic method of HS induces homozygosity at every locus (see

Section II.B.1) and is thus particularly effective at selecting, in one single

generation, for fish that lack any background mutations. We grew a large number

of HS-derived gynogenetic clutches from our substrate line gol-mix, a hybrid

line with both AB and TU genetic backgrounds that is robust and whose females

can be easily stripped of eggs, and selected for adult fish free of lethal or sterile

mutations. From our starting gol-mix population, we previously generated two

lines, golFL-1 and golFL-2, from four different HS-derived individuals. These

two lines were combined to create golFL-3 (golFL-2 was 100% male and could

not be propagated as a pure stock). Similar strategies had been used previously to

select for such lethal/sterile-free strains, which can be further propagated

through EP to generate clonal lines (Streisinger et al., 1981). Selection of lines

through HS and EP can also lead to stocks of higher viability under gynogenetic

conditions, presumably by the reduction of background detrimental alleles

(Streisinger et al., 1981).
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B. Specific Requirements for Lines in EP-based Screens

1. Selection of Lines Amenable to Gynogenetic Methods
The majority of lines we have examined, including lines recently derived from the

wild, tend to produce low yields of fertile gynogenotes (Pelegri and Schulte-Merker,

1999). Selection of appropriate lines is therefore important for an efficient gynoge-

netic-based maternal screen.
2. Selection of Lines that Produce a High Yield of Gynogenotes
The experimental induction of gynogenesis relies on the manipulation of in vitro

fertilized eggs at very early stages. Therefore, it is necessary that females should, as a

first requirement, readily yield eggs when manually stripped. Different fish strains

differ greatly in their ability to be manually stripped of eggs (Pelegri and Schulte-

Merker, 1999). The capacity to be stripped of eggs is distinct from being fertile and

able to mate successfully by standard ‘‘natural’’ crosses in the laboratory (Eaton and

Farley, 1974; Pelegri and Schulte-Merker, 1999). This may be related to the fact that,

under natural conditions, release of mature oocytes from their follicles into the

ovarian lumen requires hormonal stimulation (Selman et al., 1994), which may

normally be triggered by vigorous chasing by the males (Eaton and Farley, 1974).

Lines that can be most easily stripped of eggs appear to be those which have been

propagated by artificial fertilization methods, which also involve stripping of eggs,

such as those derived from the AB Oregon line (Streisinger et al., 1981). In contrast,

lines from the wild or laboratory lines that have been propagated mostly by natural

crosses tend not to be easily stripped of eggs.We found that females from the gol-mix

line produce a high yield of gynogenotes. Thus, we chose to continue our selections

and genetic screen schemes with this starting population. In addition, the fact that

this line is marked with the recessive pigment marker golden allows the detection of

unwanted products of incompletely inactivated sperm (isolated from golden

+ males) after the EP procedure.
3. Selection for Favorable Sex Ratios Under Gynogenetic Conditions
Sex determination in fishes varies from species with sex-determining chromo-

somes to multi-factor autosomal ones, and in some cases sex has been shown to be

influenced by external factors (reviewed in Chan and Yeung, 1983). The mechanism

of sex determination in zebrafish, although poorly understood, appears to fall into

the latter category. Zebrafish lack a single sex chromosome and sex determination is

sensitive to growing conditions. Most gynogenetic clutches, after grown to adult-

hood, exhibit sex ratios that are strongly biased toward males (86–88% males; see

Fig. 4 in Pelegri and Schulte-Merker, 1999). The phenomenon of sex bias in gyno-

genetic clutches is likely related to the tendency of zebrafish and other teleosts to

develop into males under suboptimal conditions, for example, in overcrowded con-

ditions or in subviable genetic backgrounds (see Chan and Yeung, 1983; our
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observations). Presumably, gynogenetic clutches, because of their high degree of

inbreeding, also have a suboptimal genetic background that under normal circum-

stances produces males. Nevertheless, a small fraction of the gynogenetic clutches

(5–10%) are composed of at least 50% females (Pelegri and Schulte-Merker,

1999).

The observation of rare gynogenetic clutches with a high female to male ratio

indicates that it is possible to select for genetic backgrounds which produce a high

proportion of females even under gynogenetic conditions. In fact, the gynogenetic

procedure itself may act as a selection for female-rich genetic backgrounds, as

exemplified by the fact that one out of two lethal/sterile-free lines that we derived

from HS-derived adult gynogenotes consists of mostly females (92% females;

Pelegri and Schulte-Merker, 1999). In this line, golFL-1, there exists a small fraction

of males that can mate with wild-type females but tend to produce unfertilized eggs.

Nevertheless, treatment of this line with testosterone for the first 14 dpf leads to the

production of larger percentages of fertile males (72% males), and thus allows the

production of males both for mutagenesis and for the propagation of the line through

natural crosses.
C. A Hybrid/inbred Approach
Selection of lines can increase the frequency of certain desired traits and also lead

to inbreeding, which often causes a reduction in overall robustness and fertility

(Thorgard, 1983). Thus, the best lines for gynogenetic-based maternal screens might

be hybrids between gynogenetically selected lethal/sterile-free lines. This approach

would be essential for genetic screens that incorporate a simultaneous mapping

strategy. In this case, both polymorphic lines can be selected independently for

the characteristics desired in the screen.
IV. Recovery and Maintenance of Adult and Parental-effect
Mutations
Once individuals are identified as exhibiting an adult and/or parental-effect

phenotype, the mutation needs to be recovered. In the case of viable mutations

(e.g., affecting pigmentation or adult morphology but not viability or fertility),

recovery and maintenance of the mutation is straightforward, because new stocks

can be initiated from the affected individuals and themutation can bemaintained as a

visible marker or even a homozygous stock. Here we present strategies to recover

and maintain mutations that are either not viable or not fertile when homozygous. In

this case, the observed adult, infertile or parental-effect phenotypes are expected to

be caused by homozygosity for recessivemutations, because dominant mutations are

unlikely to be propagated through generations that occur prior to screening. Because

homozygosity for recessive lethal, infertile, or parental-effect mutations leads to the
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inability of an affected individual to reproduce, a genetic scheme has to allow the

recovery of the mutations through genetically related individuals.
A. General Methods for Recovering Mutations
A mutation can be recovered by three general means: through known heterozy-

gous carriers, through siblings of homozygous mutant individuals, and through rare

survivor progeny derived from homozygous mutant individuals.
1. Recovery Through Known Heterozygous Carriers
Individuals that produce homozygous affected adults (F2 parents in an F3 adult/F4
parental-effect natural crosses screen and F1 individuals in a EP F2 adult/F3 parental

effects screen) are heterozygous carriers of the mutations. Thus, such fish are stored

separately until their progeny reach adulthood and are tested for potential pheno-

types. After the 3–5 months that are required to grow up and test their progeny, we

find that the majority of the separated individual fish are still alive and fertile, and

thus can be used to recover the mutation.
2. Recovery Through Siblings of Homozygous Mutant Individuals
In some instances a known carrier for a mutation is not available or is not fertile. In

these cases, maternal-effect mutations can be recovered by performing crosses

between siblings of homozygous mutant individuals (F3 siblings in an F3 adult/F4
parental-effect natural crosses screen and F2 siblings in an F2 adult/ F3 parental-

effect EP-based screen), a fraction of which are carriers of the mutation. If the

mutation is mapped (see Section V.A), siblings can be selected that are either

homozygous or heterozygous for the mutation by genotyping.

If the mutation has not yet been mapped, propagation is ensured by raising

progeny frommultiple sibling intercrosses. In an F3-extended family strategy (where

families are composed of siblings and cousins), �50% of the sibling males and

females are heterozygous carriers and 6.25% of the males and females are homo-

zygous carriers. Thus, 25% of F3 sibling/cousin intercrosses are between hetero-

zygotes of the mutation and will yield F4 homozygous mutant individuals. If the F3
(or subsequent) generation is made between two heterozygous carriers, then 75% of

all F3 males and females are carriers (50% heterozygous and 25% homozygous for

the mutation). In this case, 50% of the intercrosses should yield F4 homozygous

mutants.

In EP-based screens, it is preferable to generate outcrosses, rather than incrosses,

for the recovery of mutations. This is because EP-derived fish do not mate as

efficiently aswild-type fish. In addition, the background used in an EP-screen results

in female-rich tanks, and such abnormal ratios interferewith subsequent propagation

of the mutation. We have found that outcrossing to a line such as leopard long fin

(also known as TL), which tends to have a slight bias toward maleness, results in
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hybrid stocks that have normal sex ratios in subsequent generations. Outcrossing

also improves the general robustness and fertility of the line.

In the case of maternal-effect mutations isolated in EP-based screens, outcrossing

is preferably carried out through sibling F2 males, rather than sibling females,

because females homozygous for a maternal-effect mutation are sterile, whereas

homozygous males should be fertile unless the mutated gene also affects male

fertility. This is particularly true in the case of centromere-linked loci (Fm toward

0.5), when most fertile females are expected to be homozygous for the wild-type

allele (see Section II.B.1 and below) and therefore cannot transmit the mutation. The

reverse logic applies to paternal-effect mutations.

In EP-derived clutches, the frequency of heterozygotes and homozygotes for a

given mutation varies depending on the centromere–locus distance. For centromere-

linked loci (Fm close to 0.5), 50% of the siblings are homozygous for the mutation. As

the centromere–locus distance increases, the fraction of homozygous siblings (Fm)

decreases but the fraction of heterozygous siblings increases two times as rapidly. For

a distal mutation of Fm = 0.05, for example, 5% of the F2 siblings are homozygous

mutant, and 90% are heterozygous carriers. Thus, the overall frequency of F2 carrier

siblings (homozygous or heterozygous) varies from 50% for centromere-linked loci

to percentages approaching 100% for distal loci. Therefore, the recovery of mutations

through F2 siblings can also be an efficient strategy in EP screens. In large F2 EP-

derived clutches, Fm, and therefore the fraction of siblings that are heterozygous or

homozygous carriers for the mutation, can be estimated by the proportion of F2
individuals that exhibit the adult or parental-effect mutant phenotype.
3. Recovery Through Rare Survivors
In cases of mutations that are not 100% lethal or sterile, the mutation may also be

recovered by crossing rare homozygous mutant survivors of a generally lethal larval

or juvenile defect (F3 individuals in a natural crosses screen and F2 individuals in an

EP screen), or by raising and crossing rare surviving progeny of a parental-effect or

sterile mutant adult (F4 clutches in a natural crosses screen and F3 clutches in an EP

screen). The presence of such ‘‘escapers’’ may be due to variability in the phenotype

caused by residual function of a hypomorphic allele or some degree of redundancy in

the affected pathways. Progeny from such subviable/subfertile individuals are

expected to be heterozygous carriers for the mutation, and the mutation can be

propagated by incrossing fish derived from them.

Of the above options, the schemes in (1) and (3) are themost efficient because they

use individuals that are known carriers of the mutation.
B. Maintenance of Adult and Parental-effect Mutations
Whether a mutation has been mapped or not, it is tempting to maintain stocks

carrying it either by repeated inbreeding or through ‘‘escaper’’ embryos (see Section
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IV.A.3). However, repeated inbreeding eventually generates inbred stocks that areweak

and have aberrant sex ratios that typically lead toward maleness (see Section III.B.2),

thus interfering with future stock propagation and, in the case of maternal-effect

mutations, the identification of homozygous mutant females. Moreover, maintenance

of the mutation by repeated propagation through ‘‘escaper’’ embryos may select for

genetic constellations that gradually weaken the mutant phenotype. Lastly, in an

extended family, natural crosses approach, the high ENU dose used leads to induction

of multiple lethal mutations. Such mutations are typically unlinked to the adult/paren-

tal-effect mutation but can nevertheless reduce the size of intercross families and are

best crossed out of the mutant background. To address these issues, adult and parental-

effect mutations can be routinely propagated through cycles of crosses to a wild-type

stock (outcrosses), followed by crosses between siblings (incrosses). Typically, an

outcross that is known to carry a mutation can be kept for a period of time and

additional incrosses performed from the outcross fish to produce new families contain-

ing homozygous individuals. It works well to perform a cycle of one outcross, which

can generate several incrosses over a period of a year or more, and then initiate a new

cycle by carrying out an outcross from one of the more recent incrosses.
1. Maintenance of Recessive Lethal Adult or Parental-effect Mapped Mutations
If an adult mutation is mapped to a chromosomal position, genotyping is used to

identify heterozygous carrier individuals. To propagate the mutation, such hetero-

zygous carriers can be outcrossed to wild-type individuals carrying alleles, for

example SSLP markers, flanking the wild-type allele that are polymorphic to those

linked to the mutation. The resulting generation can then be incrossed to produce a

new generation that carries homozygous individuals, and this cycle can be repeated.

Multiple generations of incrossing can be performed prior to performing a new

outcross generation.

In the case of female-sterile or maternal-effect genes, males homozygous for the

mutation are selected from siblings of homozygousmutant females (25% of themale

siblings are expected to be homozygotes). Outcrosses are then initiated from such

homozygous males to wild-type females carrying DNA markers flanking the wild-

type allele that are polymorphic to those of the mutant allele in the homozygous

male. The progeny of this cross are all heterozygous carriers and can be interbred to

produce a family that contains 25% homozygous mutant females. The reverse

strategy can be followed (propagation through homozygous sibling females) to

identify sibling carriers and propagate paternal-effect mutations. These strategies

allow the unambiguous identification of heterozygous and homozygous carriers

through the use of polymorphic markers flanking the mutation.
2. Maintenance of Recessive Lethal Adult or Parental-effect Unmapped Mutations
If the mutations are not mapped to a chromosomal location, a similar strategy is

followed except through multiple, random crosses. In the case of adult phenotypes,
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multiple crosses can be initiated through viable, fertile siblings, 66% of which are

expected to be heterozygous carriers of the mutation (the expected mendelian

frequency of 75% carriers is modified in this case because homozygous mutant

individuals are inviable or not fertile). If the mutations are female-sterile or have a

maternal effect, and similar towhen recovering these mutations (see Section IV.A.2),

it is more efficient to initiate the crosses through sibling males, 75% of which are

expected to be either homozygous or heterozygous carriers for the mutation. The

reverse logic would apply to male-sterile and paternal-effect mutations.

Multiple crosses ensure the propagation of the mutation. For example, in the case

of amaternal-effect mutation, 75% of outcrosses derived frommales that are siblings

of homozygous mutant females consist of families of carrier individuals. Thus, five

random outcrosses from sibling males of homozygous mutant females ensure a

99.9% probability of transmission of the allele to at least one of the outcrosses.

Within such outcrossed-derived families, the percentage of heterozygotes is

expected to be 100% or 50%, depending, respectively, on whether the original

outcrossed male is homozygous or heterozygous for the mutation. Multiple

incrosses from such families allow the recovery of homozygous mutant females in

the next generation. For example, eight incrosses from a tank that consists of 50%

heterozygous carriers lead to a 90% probability of finding homozygous females (at a

25% frequency) in at least one of the incrossed families.

A variation of these approaches is to outcross identified heterozygous or homo-

zygous carrier individuals. These individuals are identified as carriers by interbreed-

ing them with siblings, raising the progeny, and determining if their offspring yields

mutant individuals. Parental individuals yielding progeny with mutant adult/paren-

tal-effect phenotypes are then outcrossed. These outcross progeny are then inbred to

produce a new generation of homozygous mutant individuals, as discussed above. In

this modified approach, two blind generations of intercrosses are avoided by first

identifying the individual carriers prior to outcrossing them.

During the maintenance of mutations, individual carriers should be outcrossed

to fish of the same strain. This avoids increasing the degree of polymorphism in

the carrier line, which in turn facilitates the subsequent process of mapping (see

Section V).
V. Mapping Adult and Parental-effect Mutations
Mapping a mutation to a chromosomal position can be carried out either simul-

taneously with an F3 adult/F4 parental-effect screen using natural crosses (see

Section II.A), or at any time after the identification and recovery of the mutation.

Specific details on mapping protocols have been previously described (Geisler,

2002; Talbot and Schier, 1999). Here we describe the modification of this approach

for mapping of adult or parental-effect mutations. Briefly, the approach consists of

outcrossing a carrier of the mutation to a polymorphic wild-type stock to yield F1
hybrid families. Incrosses from the F1 family in turn allow the production of F2
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adults, which can be tested for homozygosity of the mutation and analyzed for

linkage to DNA markers throughout the genome.
A. Mapping Concomitant with F3 Adult/F4 Parental-effect Genetic Screens
Amapping cross can be integrated into an extended-family natural crosses screen

strategy (see also Dosch et al., 2004). Two strains that are polymorphic to each other,

e.g., TU and AB, are mutagenized. The mutagenized males are crossed with females

of their respective strain to produce an F1 generation. F1 fish are then interbred

between the two strains to make a hybrid F2 generation. F2 fish are intercrossed to

make the mutations homozygous in the F3 generation and F3 mutant adults can be

used to map the mutation. The F1 grandparent DNA is crucial in examining linkage

using bulk segregant analysis. Thus, the F1 fish are frozen and kept for mapping

purposes, should a mutation be found that one wants to map.

Intercrossing strains tomake amap cross gives rise to very robust stocks, so-called

hybrid vigor. As a consequence of interbreeding F1 fish of different strains, we find

the F2 hybrid generation to be particularly healthy and prolific, with increased

reproductive longevity, compared to either independent strain. This is advantageous

in regenerating the identified mutations to produce additional individuals for map-

ping (see below). However, a drawback is that hybrid vigor leads to an increased

propensity to produce females in the F2 hybrid generation. Thus, typically 10–20%

of F2 families yield three or fewer males.We assess the sex ratio at about 2 months of

age, and discard those with fewer than four males. In the F3 generation, the sex ratio

is not distorted and we rarely find such sex biased families. It is possible that future

lines could be developed that do not exhibit the sex bias in the F2 hybrid generation.

As with zygotic mutations (Geisler, 2002; Talbot and Schier, 1999), bulk segre-

gant analysis is used to map adult and parental-effect mutations. However, it is

considerably more effort to generate adult and, even more effort, parental-effect

mutant individuals than embryosmutant for zygotic mutations as used in the original

bulk-segregation protocol. We have found that for maternal-effect mutations, 14

mutant females are sufficient to map a mutation efficiently. In using an extended

family screen (see Section II.A), mutant females represent 1/16 of the total, produc-

ing 1–5mutant females in a tank of 60 fish. Even five females are insufficient to map

a mutation efficiently. Thus in performing such a screen, we keep up to ten pairs of

fish of the F2 generation in a small 2-L tank. If we are interested in a mutation, we

return to the F2 fish and regenerate the mutant through F2 pair-wise crosses. Each F3
family is raised separately and the F2 fish stored individually. Regenerated F3
families are screened for mutant females (as described in Section IV.B.2); the F2
parents of those that yield mutants can then be used to produce more mutant females.

The F3 mutant and non-mutant sibling females are then used for mapping the

mutation. We routinely use as few as 14 mutant females to map a mutation, and

have mapped mutations with just nine mutant individuals. In the latter cases, con-

siderably more false positive linkages are detected in bulk segregant analysis. We

have reliably regenerated>50 maternal-effect mutants and efficiently mapped most
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of the mutations using this strategy (Bontems et al., 2009; Dosch et al., 2004; Gupta

et al., 2010; Holloway et al., 2009; Marlow and Mullins, 2008; Mei et al., 2009;

Wagner et al., 2004; Yabe et al., 2007, 2009; M.C.M., unpublished).
B. Mapping After Identification and Recovery of Mutations
In the case of viable and fertile adult mutations, homozygous mutant individuals

can be directly identified by their phenotype, and can be used to generate mapping

crosses by crossing to a polymorphic strain such as WIK. Incrossing of the resulting

hybrids leads to a generation with homozygous mutants, which can be used for bulk

segregant analysis to find linkage as described above.

In the case of lethal/sterile adult mutations or parental-effect mutations, genetic

mapping can be initiated by a process similar to that carried out for the maintenance

of unmapped mutations (see Section IV.B.2). Multiple (P) siblings of affected

(presumed homozygous) individuals are outcrossed to a polymorphic strain. F1
hybrid individuals from such outcrosses are incrossed at random to generate F2
crosses, a fraction of which will yield homozygous mutants.

For adult lethal mutations, 66% of (P) siblings are expected to carry the mutation,

and these can be used to initiate the mapping crosses. In the case of female-sterile and

maternal-effect mutations, it is most efficient to initiate mapping crosses from homo-

zygous mutant (P) sibling males, because 75% of males are expected to be carriers

compared to 66% of sibling females. Among these males, 25% are expected to be

homozygous for the mutation. Outcrosses of homozygotes yield F1 families where all

individuals are heterozygous carriers for the mutation, so that all random F2 incrosses

contain homozygous mutant females. Outcrosses of heterozygous carrier males,

expected at a 50% frequency amongst the siblings of homozygous mutant females,

produce F1 familieswhere 50%of individuals are heterozygous carriers, so in this case

only 25% of random F2 incrosses yield homozygous mutant F2 females. Thus, it is

more efficient to initiate the mapping strategy using homozygous males, because a

much larger fraction of incrosses from the F1 hybrids (100% compared to 25% if using

heterozygousmales) yield homozygous F2 females. Parentalmales can be identified in

advance as homozygotes through genetic crosses, and then the mapping cross initiated

with such a male. Alternatively, the mapping strategy can be initiated with 8 sibling

males of undetermined genotype, which are outcrossed to polymorphic females. This

relatively large number of outcrosses increases the probability that at least one of the

outcrosses originates from a homozygous male. After the F1 hybrid fish are incrossed

to make an F2 generation, they are kept separately. Multiple incrosses from F1 hybrids

and testing of F2 females for maternal effects allows inferring whether the original P

male was homozygous for the mutation, if it was not identified in advance, and which

pairs of F1 hybrids are heterozygous carriers. Such pairs, now identified, can be

crossed repeatedly to produce more mutant F2 females for mapping. This general

strategy is reversed in the case of male-sterile or paternal-effect mutations.

F2 individuals from mapping crosses are separated into two phenotypic classes

according to the specific adult/parental-effect assay: phenotypically mutant
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individuals (i.e., individuals homozygous for the mutation) and phenotypically wild-

type (i.e., siblings that are either heterozygous or homozygous for the wild-type

allele). Identified mutant individuals may be retested with the same assay or a

different, secondary assay to ensure that they produce the expected phenotype and

to check for potential errors in handling during phenotypic identification.

After their classification into phenotypic classes, F2 individuals are anesthesized,

their tail fin clipped, and the tail fin DNA is isolated (the remaining part of the body

is also frozen and serves as a backup in case additional DNA needs to be isolated).

Individual tail fin DNA from 20 individuals of each phenotypic class is used to make

two DNA pools. These pools are used to carry out a first-pass mapping (see Section

II.A; Geisler, 2002; Talbot and Schier, 1999) to identify linkage. Once linkage has

been found, DNA from single fish is analyzed separately with respect to polymorph-

isms to markers within the linked region (Geisler, 2002; Talbot and Schier, 1999).
C. Efficient Fine Mapping of Maternal-effect Mutations
Narrowing down the location of a mutation through fine mapping is necessary to

identify the molecular nature of the mutated gene through either candidate gene or

positional cloning approaches. For viable adult and maternal-effect mutations, a

different strategy is used for fine mapping, which can be performed much more

efficiently than the initial mapping. Once a viable adult or maternal-effect mutation

is mapped, then homozygous male and heterozygous female carriers can be identi-

fied by polymorphic markers flanking the mutation. Such F0 fish are intercrossed to

map finely the position of themutation in the F1 progeny. In a cross of a heterozygous

female to a homozygous male, mapping will be performed with recombinants

generated only through meiosis in the F0 female, because the male is homozygous

for the mutation. Thus, each F1 fish represents a single meiosis, rather than two

meioses for progeny from heterozygote intercrosses. However, the loss of recombi-

nation events from the homozygous male is offset by the fact that meiotic recom-

bination is suppressed in males compared to females, so that the vast majority of all

recombinants generated in intercrosses of heterozygotes are from female, not male

meioses (Singer et al., 2002; S.L. Johnson, personal communication; MCM unpub-

lished). Thus, little is lost in crossing heterozygous females with homozygousmales,

and considerable gain is achieved using this strategy, as discussed below. Because

this strategy depends on crosses from one homozygousmutant adult, this approach is

not feasible for recessive mutations that result in adult lethality, or sterility in both

sexes. Paternal effect and male-sterile mutations are also not effectively mapped by

this strategy, given the reduced rate of recombination in male meioses.

Fine mapping of an adult viable or maternal-effect mutation through crosses

between heterozygous females and homozygous males is similar to haploidmapping

of zygotic mutations (Postlethwait and Talbot, 1997). In both cases, all fish can be

examined for recombinants. For such mutations, both the phenotypically mutant and

wild-type F1 adults are examined for recombination between, respectively, the

mutation and a wild-type-linked flanking marker or the wild-type allele of the gene
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and a mutant-linked flanking marker. Thus, all the progeny (female progeny in the

case ofmaternal-effect mutations) from a cross between a heterozygous female and a

homozygous male are informative, in contrast to only 1/4 of the progeny in inter-

crosses of heterozygotes. This strategy saves considerable effort and tank space,

which is important because it is significantly more effort to generate adult indivi-

duals to map adult or maternal-effect mutations, compared to generating embryos or

young larvae to map finely zygotic mutations.

Depending on the complexity of the assay, fine mapping can be made even more

efficient in a map cross between a heterozygous female and homozygous male by

genotyping all F1 progeny, rather than phenotyping them. This is the case for

maternal-effect mutations, because this strategy avoids having to generate crosses

to examine their progeny except for those rare cases where an informational recom-

bination event has occurred. In this case, all F1 females (and males, see below) are

genotyped with the closest polymorphic markers flanking the mutation to determine

whether they are non-recombinant mutants or heterozygotes, or recombinants within

the interval of the flanking markers. Only the small subset of recombinants is

phenotyped to determine whether they are mutant or wild-type females and thereby

establish where the recombination occurred relative to the mutation. As the critical

interval is narrowed and closer polymorphic markers are defined, fewer recombinants

are identified and consequently fewer females phenotyped in crosses. We typically

genotype individual fish at 2 months of age and maintain only the small fraction of

recombinants until breeding age to determine their phenotype and the position of the

recombination (the recombination ‘‘break point’’) relative to the mutation. The total

number of F1 females genotyped is compared to the number of recombinants to

determine the genetic distance between the mutation and the flanking markers.

Once the interval of the maternal-effect mutation is narrowed to a �0.5

centiMorgan region, we also find it worthwhile genotyping F1 males from the

intercross of the heterozygous female and homozygous male for recombination

within the critical interval. The disadvantage of males is that a test cross must be

performed between the recombinant male and a heterozygous female to determine

whether the male is homozygous or heterozygous for the mutation. Female progeny

carrying the recombinant male chromosome of this cross over a mutant chromosome

must be tested to determine whether they exhibit a mutant or wild-type phenotype to

assess the genotype of the recombinant male chromosome. Although this is consid-

erable effort, identifying a recombinant that narrows down the interval can be so

valuable that we have found it worth the effort.
VI. Solutions, Materials, and Protocols

A. Solutions
-
 MESAB stock solution: 0.2% ethyl-m-aminobenzoate methanesulfonate. Adjust

to pH 7.0 with 1 M Tris pH 9.0. Keep at 4 �C.

-
 MESAB working solution: 7 mL stock solution per 100 mL fish water.
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-
 Hank’s Solutions: stock solutions 1, 2, 4, and 5 and premix can be stored at 4 �C.
Stock Solution #6 is prepared fresh and added to the premix to form the final

Hank’s solution.

Solution #1: 8.0 g NaCl, 0.4 g KCl in 100 mL double distilled (dd) H2O.

Solution #2: 0.358 g Na2HPO4 anhydrous, 0.60 g KH2PO4 in 100 mL ddH2O.

Solution #4: 0.72 g CaCl2 in 50 mL ddH2O.

Solution #5: 1.23 g MgSO4.7H2O in 50 mL ddH2O.
Hank’s Premix: combine the following in order:

10.0 mL solution #1

1.0 mL solution #2

1.0 mL solution #4

86.0 mL ddH2O

1.0 mL solution #5
Solution #6 (prepare fresh): 0.35 g NaHCO3 in 10 mL ddH2O
Hank’s (Final): 990 mL Hank’s premix

10 mL solution #6
-
 E2 saline (used specially during the testosterone treatment because of its higher

buffering properties): 15 mM NaCl, 0.5 mM KCl, 1 mM CaCl2, 1 mM MgSO4,

0.15 mM KH2PO4, 0.05 mM Na2HPO4, 0.7 mM NaHCO3.
-
 E3 saline (a simpler version of E2 used for routine embryo raising): 5 mM NaCl,

0.17 mM KCl, 0.33 mM CaCl2, 0.33 mM MgSO4, 10
�5% methylene blue.
-
 Testosterone stock: 150 mg testosterone in 50 mL absolute ethanol. Store in

aliquots at �20 �C.

-
 Testosterone working solution: while stirring, add 10 mL of stock solution per

600 mL of (a) E2 saline, for babies before d6, or (b) fish water supplemented with

3 g/L Red Sea salt (Read Sea Fish pHarm, Israel), for larvae between d6 and d15.

In our hands E2 (instead of E3) and Red Sea salt in the fish water improve the

survival of testosterone-treated larvae. Stir 10 min.
B. Other Materials
-
 UV lamp: Sylvania 18 in. 15 W germicidal lamp.
-
 French Press Cell, 40 mL (SLM-Aminco)
-
 French Pressure Cell Press (SLM-Aminco) or Hydraulic Laboratory Press (Fisher)
-
 Heat Shock baskets: these can be made by cutting off the bottom of Beckman

Ultraclear centrifuge tubes, and heat-sealing a fine wire mesh to the bottom edge

of the tube.
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-
 EP vials: disposable glass scintillation vials, with plastic caps (3.2 cm height and

2.2 cm diameter, Wheaton) or similar vials. The plastic caps are perforated several

times with a needle to better allow exposure to the hydrostatic pressure. Only two

vials of these types can fit at once in a pressure cell. To fit four vials in one cell, we

have custom-built shorter plastic vials (1.8 cm height, including cap, 2.5 cm diam-

eter, 0.3 mm wall thickness) which fit the plastic caps from the scintillation vials.
C. Protocols

1. Sperm Collection (Adapted from D. Ransom)
-
 A sperm solution can be made with testes dissected from ten males for each 1 mL

of Hank’s solution. Keep the isolated testes and Hank’s solution on ice. Shear the

testes with a small spatula and by pipetting up and down with a 1000 mL
Pipetteman. Allow debris to settle and transfer supernatant to a new tube. Sperm

solution on ice is effective for about 2 h. Sperm still remaining inside the sheared,

settled testes can be further collected by adding 300 mL of fresh Hank’s and letting

the mixture rest for 1/2 h or longer. For more details see Ransom and Zon, 1999.
2. UV-inactivation of Sperm
-
 Transfer the sperm solution to a watch glass. Avoid pieces of debris, because they

may shield sperm from the UV light. Place the watchglass on ice at a distance of

38 cm (15 in.) directly under the UV lamp. Irradiate for 2 min with gentle stirring

every 30 s. Transfer to a new Eppendorf tube with a clean pipette tip. UV-treated

sperm solution on ice is effective for about 2 h.
3. Stripping of Eggs
-
 Our observations suggest that females are more amenable to manual stripping if

removed from their tank and placed in a clean tank (1–10 females per 2-L tank) the

evening before stripping. Best stripping and egg clutch quality are obtained during

the first 4 h after the start of the light cycle of the first day after the separation of

the females. The presence of males together with the separated females does not

significantly affect the ability of gol-mix females to be stripped (our observa-

tions), although it may have an effect when working with other fish lines (Eaton

and Farley, 1974).
-
 Anesthetize females in MESAB working solution until they reduce their gill

movements (2–4 min, MESAB solution may need to be boosted through time

with more stock solution in 0.5–1 ml increments). Overexposure to MESAB will

impede the recovery of the female, and fish should be placed in fresh water if they

are not going to be used within 1 or 2 min after they stop their movements.
-
 With the aid of a spoon, rinse a female in fish water and place her on several paper

towels to remove excess moisture.
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-
 Place the female on the bottom half of a Petri plate. With a soft tissue, dry further

the anal fin area. Excess water may prematurely activate the eggs.
-
 Slightly moisten the index fingers of both hands (dry hands will stick to the skin of

the fish). With one finger support the back of the female, and with the other gently

press her belly. Females which can be stripped will release their eggs upon gentle

pressure. Healthy eggs have a translucent, yellowish appearance. Separate the eggs

from the female with a small, dry spatula. Females can be placed separately in

boxes and identifying tags can be attached to the box with the female and the

corresponding egg clutch. If necessary, clutches can wait for several minutes

before being activated. In this case, we cover the clutches with the Petri plate

lid to reduce drying of the clutch. Fertilization can occur after even longer delays

(in our hands, up to 6 min), although not in a consistent manner. Egg activation can

be delayed for periods of 1.5 h or morewith ovarian fluid from the rainbow trout or

coho salmon (Corley-Smith et al., 1995), or with Hank’s saline buffer supplemen-

ted with 0.5%BSA (Sakai et al., 1997), although we have not tested these methods

in combination with gynogenesis.
4. In vitro Fertilization
-
 Add 25 mL of untreated or UV-irradiated sperm to the egg clutch. Mix the sperm

and eggs by moving the pipette tip without lifting it from the Petri plate (to

minimize damage to the eggs). If desired, proceed at this point to Heat Shock or

Early Pressure Protocols. If not, add 1 mL of E3 saline to activate the eggs, and,

after 1 min, fill the Petri plate with E3. Incubate at 27–29 �C.
5. Heat Shock
-
 After IVF with UV-treated sperm, add 1 mL of E3 saline to activate the eggs and

start the timer.
-
 Add more E3 after 30 s. Transfer the eggs to a Heat Shock basket. Immerse the

basket in a water bath with stirring and E3 saline at 28.5 �C.

-
 At 13.0 min, blot briefly the bottom of the basket onto a stack of paper towels and

transfer the basket to a water bath with stirring and E3 saline at 41.4 �C.

-
 At 15.0 min, blot briefly the bottom of the basket and transfer the basket back to

the 28.5 �C E3 bath.
-
 Allow the embryos to rest for about 45 min and transfer to a Petri plate. Allow

embryos to develop in a 27–29 �C incubator (see note under ‘‘Early Pressure’’).
6. Early Pressure
To maximize the number of clutches produced, we work on cycles in which we

include up to four clutches in separate vials within the Pressure Cell. For this, we

typically anesthetize 6–12 females. Once four healthy-looking clutches are obtained,
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the females that have not yet been stripped of eggs are transferred to fresh fish water

until they completely recuperate. It workswell to begin to anesthetize females for the

next EP cycle at around minute four within a current cycle.
-
 After mixing eggs with UV-treated sperm (see in vitro fertilization), activate up to

four clutches simultaneously by adding 1 mL of E3 saline to each clutch and start

the timer (at least two people are required to timely manipulate four clutches).
-
 After 12 s, add more E3. A squirt to the side of the Petri plate will make the

fertilized eggs collect in the middle of the plate.
-
 With a plastic pipette, transfer the fertilized eggs to an EP vial. Fill the vial with

E3 and cap it with the perforated plastic lid. Avoid large air bubbles. Place the

vials inside the pressure cell, ensuring that no air remains trapped inside it.

Record the relative position of the clutch within the pressure cell by placing the

tags in the corresponding order on a dry surface. Fill the pressure cell with E3

and close it allowing excess E3 to be released from the side valve. Close the side

valve without overtightening. Insert entire assembly on the French Press appa-

ratus and apply pressure to 8000 lb/sp. in. by time 1 min 20 s after activation.

For different strains and/or presses, different pressure values may be optimal

(see Gestl et al., 1997).
-
 At 6.0 min, release the pressure and remove the pressure cell from the French Press

apparatus. Maintaining the relative order of the vials, remove the vials from the

pressure cell, dry them with a towel, and label them with their corresponding

number tags. Place the vial in a 27–29 �C incubator.
-
 After all EP cycles have been completed, allow the embryos to rest in the vial for at

least 45 min but not more than 4 h. Transfer embryoswith their corresponding tags

to Petri plates. Let embryos develop in a 27–29 �C incubator.

Note: Due to the large amount of embryonic lethality induced by the HS and

EP procedures, we incubate the embryos at a low density of 80 embryos max-

imum per 94 mm Petri plate (this is particularly important for the first 24 h of

development).
7. Testosterone Treatment
-
 Before embryos reach 24 hpf, remove the chorions from the embryos, remove as

much E3 as possible, and replace with testosterone/E2 working solution.
-
 Each consecutive day, replace 1/2 of the testosterone/E2 with fresh testosterone/E2.
-
 On day 6, transfer the embryos to mouse cages with 1 L of testosterone solution in

fish water supplemented with 3 g/L Coral Reef Salt. Start feeding as normally.

Continue replacing 1/2 of the solution every day by carefully aspirating the

solution and refilling with fresh testosterone solution.
-
 On day 15, remove the testosterone by aspirating most of the solution and refilling

with fresh fish water. Rinse again by repeating this procedure. Embryos can now

be connected to the water system.
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VII. Conclusions
We describe methodologies to identify, recover, maintain, and map adult and

parental-effect mutations. Two main genetic screening strategies are described: an

F3/F4 extended-family screen based solely on natural crosses and an F2/F3 EP-based

screen. Each of these strategies has advantages and disadvantages. Extended-family

screens based solely on natural crosses are technically relatively simple, and allow

simultaneous mapping as well as the identification of maternal-zygotic mutations.

However, such an approach requires larger amounts of space, generation time, and

labor. On the other hand, EP screens require substantial selection of specialized lines

amenable to the procedure but can be carried out using less generation time and space

and are more amenable after in vitro fertilization to the observation of events

immediately after fertilization. Both of these methods, however, have allowed the

unbiased identification of many maternal-effect mutants (Dosch et al., 2004; Pelegri

and Schulte-Merker, 1999; Pelegri et al., 2004; Wagner et al., 2004) and can be used

for the identification of mutations in juvenile and adult traits (Andreeva et al., 2011;

Bauer and Goetz, 2001; Haffter et al., 1996; Harris et al., 2008; Johnson et al., 1995;

Johnson et al., 1995; Lang et al., 2009; Parichy and Turner, 2003; Rohner et al., 2009;

Tschopp et al., 2010; Wagner et al., 2004). These efforts continue to pave the way

toward the genetic analysis of early development in this vertebrate species and form

the basis for the future genetic dissection of adult traits of biomedical relevance.
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Abstract
There is an increasing requirement for efficient reverse genetics in the zebrafish,

Here we describe a method that takes advantage of conventional mutagenized

libraries (identical to ones used in forward screens) and re-sequencing to identify

ENU-induced mutations in genes of interest. The efficiency of TILLING (Targeting

Induced Local Legions IN Genomes) depends on the rate of mutagenesis in the

library being screened, the amount of base pairs screened, and the ability to effec-

tively identify and retrieve mutations on interest. Here we show that by improving

the mutagenesis protocol, using in silicomethods to predict codon changes for target

selection, efficient PCR and re-sequencing, and accurate mutation detection we can

vastly improve current TILLING protocols. Importantly it is also possible to use this

method for screening for splice and mis-sense mutations, and with even a relatively

small library, there is a high chance of identifying mutations across any given gene.
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I. Introduction
Reverse genetics in zebrafish research has suffered because of the lack of an

efficient gene targeting technology. The existence of a high-quality zebrafish

genome sequence has contributed to the effectiveness of a reverse genetic method

known as Targeting Induced Local Lesions INGenomes TILLING, first described in

Caenorhabditis elegans and Arabadopsis thaliana (Jansen et al., 1997; McCallum

et al., 2000), which can be used to select for disruptivemutation in specific zebrafish

genes (Wienholds et al., 2003). This method traditionally uses cel1 nuclease diges-

tion at heterozygous positions and fragment analysis to identify ENU induced

mutations (Till et al., 2004). This process is, however, labor-intensive and has a

high false negative rate. Here we show that by sequencing amplified DNA from

mutation carriers we are able to increase the sensitivity and efficiency of the

TILLING process in a cost-effective manner. Using the methods described here, it

is possible to identify knockout (KO) alleles, given that you have a suitably sized

mutagenized library. Importantly it is also possible to use this method for screening

for splice and mis-sense mutations, and with even a relatively small library, there is a

high chance of identifying mutations across any given gene to give an allelic series.
II. Mutagenesis and Library Creation
The strain of zebrafish used has shown to have an effect on the mutation rate

achieved. We have found the T€ubingen Long Fin (TL) strain to be excellent for

generation of highly mutagenized libraries. The TL strain appears to be more robust,

is able to take higher doses of the mutagen, and has the strength required to survive

the treatments and retain good fertility. TL fish also have the benefit of having high

levels of fecundity, making library generation by outcrossing mutagenized F0’s

straightforward. ENU was found to be the most efficient chemical mutagen for

inducing point mutations that can be recovered in an F2 breeding scheme

(Mullins et al., 1994; Solnica-Krezel et al., 1994). For this type of reverse screen,

ENU mutagenesis of mitotically dividing spermatogonial cells is ideal, as it is

straightforward and effective.

The methods used for mutagenesis are a slightly modified version of previously

published approaches (van Eeden et al., 1999). The frequency of ENU-induced

mutations is dosage dependent, and increasing the ENU concentration from 2.0 to

3.0 mM results in a significant increase inmutation efficiency (Solnica-Krezel et al.,

1994). ENU doses that are significantly higher than 3.0 mM have been shown to

result in high lethality. It has been shown, however, that by using two separate

treatment concentrations (3.0 and 3.3 mM) it is possible to maximize mutation

efficiency without high lethality. By carefully monitoring the fish during treatments,

it is possible to alter the ENU concentration, depending on their health, thereby

maximizing the mutation rate in a batch of fish. Mutagenesis is performed in mesh

bottomed mating tanks, to allow efficient and relatively stress free fish transfer
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between treatments and washes (compared to netting). It is crucial that the fish are

kept in the dark without any disturbance during the ENU treatment. To obtain

approximately 20 fertile individuals from six weekly treatments, it is possible to

start with 50 males, as long as they are well fed and looked after between treatments.

Following the last mutagenesis, mutagenizedmales aremated at weekly intervals. F1

progeny obtained after 3 weeks are non-mosaic for ENU-induced mutations and are

raised to adulthood (Mullins et al., 1994; Solnica-Krezel et al., 1994). The muta-

genesis protocol can reduce the fertility of the fish significantly, and can alter their

behavior and ability to breed naturally. In cases where males are not able to effi-

ciently fertilize the eggs of females during natural matings it can be useful to perform

in vitro fertilization (IVF) to obtain offspring. This can be a very efficient way of

recovering offspring from highly mutagenized individuals. We routinely determine

the efficiency of mutagenesis by measuring induced mutations in 19 exons from 384

individual F1 fish from the library. The list of exons used in this study is shown in

Table I. The use of this consistent set of exons allows us to efficiently compare

different mutagenesis experiments. Exons are amplified and sequenced exactly as is

described in the screening process, and yields �3 Mb of sequence from the 384

individuals. Mutation rates using this protocol are consistently between 1 mutation

per 175,000–250,000 bp.

Outcrossed fish frommutagenized F1 individuals are raised for 3months, and then a

sample of caudal fin is taken from each individual.We house these fish in groups of 24

corresponding to two rows of a 96 well plate so the fish can be identified post

screening. DNA is isolated by proteinase K digestion of caudal fin samples, followed
Table I
Exons used in rate test

lrrn1 ENSDARG00000060115 ENSDARE00000613900

vasn ENSDARG00000076215 ENSDARE00000861807

lrrc4 ENSDARG00000069402 ENSDARE00001013589

lrrc4c ENSDARG00000016739 ENSDARE00000337236

islr2 ENSDARG00000051875 ENSDARE00000523703

unc5b ENSDARG00000033327 ENSDARE00000836942

flrt1a ENSDARG00000077556 ENSDARE00000790664

flrt3 ENSDARG00000076895 ENSDARE00000877140

lrrtm2 ENSDARG00000071374 ENSDARE00000975875

lrrtm1 ENSDARG00000052713 ENSDARE00000532567

lrrtm4 ENSDARG00000077562 ENSDARE00000869580

fgfrl1a ENSDARG00000032617 ENSDARE00000430893

lrrtm4l1 ENSDARG00000080015 ENSDARE00001036367

lrit2 ENSDARG00000030626 ENSDARE00000897040

lrrn1 ENSDARG00000077112 ENSDARE00000799931

jam3b ENSDARG00000061794 ENSDARE00000646607

jam3b ENSDARG00000061794 ENSDARE00000646680

fkrp ENSDARG00000062451 ENSDARE00000661096

gyg1 ENSDARG00000011934 ENSDARE00000080562
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by isopropanol precipitation of DNA and centrifugation in 96 deep well blocks and re-

arrayed into 384-well format at approximately 10 ng/ml for screening purposes.
III. PCR and Re-sequencing of Exons
An outline of the screening process can be seen in Fig. 1. For capillary sequencing

using the ABI3730xl platform, we used nested PCR owing to the need for uniform,
[(Fig._1)TD$FIG]

Fig. 1 Screening amutagenized library by PCR and capillary sequencing. (A) Amutagenized library is

created by ENU mutagenesis, mutagenized F0 males are outcrossed, and F1 fish are re-distributed into

library tanks and fin clipped to make DNA for screening. After screening, tanks containing KO indviduals

are fin clipped to identify the carrier of themutation, carriers are outcrossed, F2’s identified, and incrossed

to check for a phenotype during the first 5 days of development (F3). (B) Exons with high probablilty of

containing a nonsense allele are predicted with coddle, nested primers are designed around exons chosen,

and PCR and sequencing is performed across every individual in the library. Sequences are screened with

mutationfinder, and Polyphred5 and hits are recorded and recovered from the library. (See color plate.)
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high-specificity PCR product for high-quality sequencing. Initially exons are

screened for their suitability for mutation finding in silico (http://www.proweb.

org/coddle/). For each exon to be screened, it is straightforward to predict the

probability that each codon will produce a nonsense allele, according to the changes

induced by ENU mutagenesis, and to give each exon a probability score. Again, this

allows the user to optimize the probability of finding a nonsense mutation. Once

suitable exons have been identified, nested primers are designed surrounding the

exons (maximum 500 bp long), with standard m13 forward (m13f) and m13 reverse

(m13r) tails being included on the internal primers to standardize the capillary

sequencing. This also allows PCR1 to be multiplexed to save on time and reagents,

and some of the components (primers and dNTPs) in PCR2 to be minimized to send

the PCR reaction to completion, therefore standardizing PCR product concentration

with low concentrations of residual primers.

DNA from each fish was amplified individually in a 384 well format for each

amplicon by nested PCR. PCR1 samples contained 5 ml genomic DNA (approxi-

mately 50 ng) 0.2 mM forward primer (x4 amplicons), 0.2 mm reverse primer (x4

amplicons), 200 mM of each dNTP, 10 mM Tris-HCl (pH 8.5), 50 mM KCl, 2 mM

MgCl2, 0.1% Tween20 and 0.2 ml Taq polymerase. PCR1 was cycled using a touch-

down program (94 �C for 180 s, 18 cycles of 92 �C for 20 s; 65 �C for 30 s [-0.5 �C
per cycle]; 72 �C for 60 s, 25 cycles of 92 �C for 20 s; 56 for 30 s; 72 �C for 60 s,

followed by one cycle of 72 �C for 180 s). PCR2 reactions were performed individ-

ually using template transferred from PCR1 with a 384-well disposable replicator

(Genetix X5054). The reaction mix also contains 0.05 mM M13f tailed forward

primer, 0.05 mM M13r tailed reverse primer, 50 mM of each dNTP, 10 mM Tris-

HCl (pH 8.5), 50 mMKCl, 2 mMMgCl2, 0.1%Tween20 and 0.2 ml Taq polymerase.

Eight representative samples from each PCR2 were run on a 2% agarose gel, and

successful PCRs were diluted with 30 ml double distilled H2O. One 384 well plate

was routinely sequenced with both m13f and m13r primers using standard ABI

BigDye v3.1chemistry and run on an ABI3730XL DNA Analyzer. Sequences were

manually checked and the best primer for sequencing was chosen to sequence the

remainder of the library (frequent indels and polyT regions in exon flanking introns

can adversely affect sequence quality and subsequent calling of heterozygous posi-

tions). Each PCR for any given exon can give varying results, and the amount of

primer and dNTPs remaining in the reaction after amplification can adversely affect

the sequencing reaction, creating noise in the background of the sequencing traces.

This noise can be efficiently removed by treating the PCR products with small

quantities of exonuclease I (to remove single-stranded primers) and shrimp alkaline

phosphatase (to hydrolyze dNTPs) before sequencing.
IV. Analysis of Re-sequencing Data and Retrieval of Mutations
Traces from every individual covering each exon should be deposited in a con-

venient archive for analysis. Two programs are used for the analysis of sequencing

http://www.proweb.org/coddle/
http://www.proweb.org/coddle/
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traces, MutationFinder (Goda et al., 2006) and PolyPhred (http://droog.gs.washing-

ton.edu/polyphred/) (Stephens et al., 2006). It is important that the capacity to

analyze the data with these two programs be set up efficiently, as manual screening

of sequences for heterozygous positions is laborious and often leads to mutations

being missed. We found that using both programs for analysis, where possible, is

the best solution for mutation detection, as they each use different algorithms

producing both overlapping and non-overlapping valid hits. Both MutationFinder

and PolyPhred compare sequence traces obtained from different individuals to

identify heterozygous sites for single nucleotide substitutions. Each program runs

an analysis package, and then uses a viewer (MutationViewer and Consed respec-

tively) to present the results (Gordon et al., 1998; Goda et al., 2006). MutationViewer

can view all traces from a given archive, whereas Consed allows 384 traces to be

viewed efficiently at any one time. Each program marks the consensus trace with

colors to identify heterozygous positions and allows the user to compare homozygous

wild-type and heterozygous individuals at the position of the mutation. Positions in

the sequence that contain a single individual with a heterozygous base at a given

position can be marked and saved. MutationFinder also predicts the consequences of

the mutations so only nonsense alleles (if these are the only mutations required) need

to be saved, but both programswill also allow the identification of essential splice site

and mis-sense mutations allowing an allelic series to be generated. Careful manual

annotation of the heterozygous positions in the set of traces for each exon takes

practice, but recognizing a real heterozygous position from background should

become quickly obvious. Noisy traces (with background second peaks surrounding

the ‘‘het’’ position) are a common reason for calling false positives, and all potential

mutations should be confirmed before fin clipping any library fish.

Re-amplifying and re-sequencing the sample of DNA containing the detected

mutation is used to independently confirm results from the MutationFinder and

PolyPhred programs. DNA from the detected mutation, and surrounding DNA

samples in the plate as a negative control, can be re-amplified and re-sequenced

using the same primers. Once confirmed, heterozygous positions in traces can be

translated into the corresponding tank ID from the library. Library tanks containing

positive hits from the repeat PCR and sequencing can then be fin clipped, kept in

single tanks, and re-sequenced to identify the founder carrying the mutation.

Each founder carrying a detected and confirmed mutation can then be kept in a

single tank for outcrossing. Carriers should be well-treated and given extra food to

ensure they perform well when being outcrossed. However, IVF can be performed if

the individual fails to produce offspring by natural matings. Once outcrossed, a

genotyping protocol for the line should be carefully designed to make genotyping

efficient.

KASPar, an allele specific amplification genotyping assay provided by

KBioscience (http://www.kbioscience.co.uk/) (Cuppen, 2007), allows carriers of

heterozygous mutations to be identified in approximately 5 h (compared to 1 week

for conventional PCR and re-sequencing) when combined with HotShot DNA

preparation from fin clips (alkaline lysis of fin clips at 95 �C for 30 min in 50 ml

http://droog.gs.washington.edu/polyphred/
http://droog.gs.washington.edu/polyphred/
http://www.kbioscience.co.uk/
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of 25 mM NaOH, 0.2 mM EDTA followed by neutralization by adding 50 ml 2 M
Tris-HCl pH 5.5). KASPar uses 5’ primers specific to each allele at a given hetero-

zygous position, and a common 3’ primer. The 5’ primer has a tail sequence that is

recognized by fluorescently labeled oligos of different colors, allowing the alleles to

be measured by fluorescence using a standard plate reader. KASPar software is used

to identify +/+, +/�, and �/� individuals from the data given from the plate reader.

Being able to efficiently identify carriers for any given mutation saves time and

effort and means fish do not need to be maintained in single tanks for long periods

during genotyping. Once a family has been generated, in-crosses can be set up for

phenotypic analysis.
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Abstract
As avertebrate geneticmodel, the zebrafish has beenwell recognized for its strength

in studying a variety of biological processes and human diseases. Traditional forward

genetic screens in zebrafish have generated a large pool of mutants with interesting

phenotypes resembling human diseases but the underlying mechanisms are not well

understood. A powerful approach to elucidate the mechanisms of these mutants is the

modifier screen, which identifies 2nd-site mutations that specifically enhance or block

the phenotype of a givenmutant. Herewe described the first genetic suppressor screen

in zebrafish, which identifies a novel transcriptional mechanism regulating erythro-

poiesis. In combination with the haploid genetics in zebrafish, we have shown the

feasibility and strength of a modifier screen in zebrafish. This strategy will greatly

broaden the utility of the zebrafish as a model for making original discoveries and

establishing novel paradigms for understanding vertebrate biology.
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I. Introduction and Rationale
The zebrafish has become a popular vertebrate genetic model organism for

human diseases and pharmaceutical research due to the large number of embryos,

the external embryonic development, and the optical transparency of the embryos.

The traditional forward genetic screens have identified hundreds of mutants that

affect evolutionarily conserved developmental pathways (Development 1996). An

important approach for further dissecting these pathways is the modifier screen. By

starting with a mutant of interest, forward genetics can be used to screen for

additional mutations that can either enhance or suppress the original phenotype.

These types of modifier genetic screens are a powerful and unbiased means to isolate

interacting components of a genetic pathway because they do not rely on knowing

the molecular nature or the underlying mechanism of the mutant gene. Extensively

used in lower organism models, modifier screens have made a great contribution to

our understanding of major genetic pathways that regulate developmental and bio-

logical processes (Jorgensen and Mango, 2002; St Johnston, 2002).

Traditionally, a modifier screen is performed in a sensitized genetic background in

which the function of a particular pathway is only partially disrupted; therefore the

viability of mutant animals is not affected. Such a genetic background can be

achieved by using a heterozygous mutant with haploinsufficient phenotype or a

homozygous mutant of a weak allele. In addition, modifier screens are often

designed for isolation of dominant mutations in order to save time and spaces.

However, most existing zebrafish mutants are not suitable for such modifier screens

due to the embryonic lethality of these mutants and lack of phenotypes as hetero-

zygous. In order to perform a modifier screen in an embryonic lethal mutant, we

have developed a strategy to circumvent the lethality by incorporating a transgene-

based rescue approach (Bai et al., 2010). Aimed to isolate both dominant and

recessive mutations, we also took the advantage of the haploid genetics in the

zebrafish.
II. Methods – an Example of Suppressor Screen
in Moonshine Mutants

A. Rescue of Moonshine Mutants by a BAC Transgene
The zebrafishmoonshine (mon) mutant is defective in a gene named TIF1g, which

belongs to the family of transcriptional intermediary factor 1 (TIF1) (Ransom et al.,

2004). Loss of TIF1g function in moonshine mutants causes profound anemia by

blocking erythroid differentiation. Majority of homozygous mutants die at 7–10

days post fertilization. The rare escapers that survive to adulthood are also extremely

anemic and never breed. To elucidate genetic factors that interact with TIF1g in the

regulation of erythropoiesis, a genetic suppressor screen was conducted to identify

second-site mutations that could suppress mon phenotype by restoring
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erythropoiesis inmonmutant (Bai et al., 2010). To generate viable monmutants, we

injected a modified zebrafish BAC construct into the one-cell stage embryos from

mon heterozygous intercross (Fig. 1A). This BAC construct contains the full-length

TIF1g genomic locus. In addition, a GFP reporter cassette driven by the b-actin

promoter was inserted closely to the TIF1g locus by homologous recombination.

After established germline transmissions, we confirmed the full rescue of mon

mutants by the transgene and kept mon homozygous mutants in this transgenic

background.
pressor screen in the mon mutant. A) A diagram of the BAC transgenic construct containing a wild-type

sgene was injected into one-cell stage embryos to rescue the lethality ofmon fish. AGFP maker driven by

tin) was inserted onto the backbone of BAC. B) Scheme of the suppressor screen. BAC transgenic fish are

F1 generation, three groups of embryos were obtained: transgene homozygous (mon; Tg/Tg), transgene

g/+), and embryos with no transgene (mon). Only transgene heterozygous (in the red circled) were raised

situ hybridization of GFP and be3 globin was performed on F2 haploid embryos. Note the GFP staining

(strong in the head and weak throughout the body) but not on haploids lacking the transgene. ‘‘sup’’

mutation. (See color plate.)
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B. The Strategy of Haploid Screen
Although this transgenic line would allow us to identify dominant suppressors

in F1 generation, dominant suppressors are rare in general and may require a

sensitized genetic background. On the other hand, a traditional F3 screen for

recessive mutations is time consuming and requires large tank space. In order

to identify recessive suppressors in a relatively faster way, we designed a haploid

screen strategy (Fig. 1B). Haploid zebrafish embryos can survive up to 3 days with

relatively normal development of most major organs including blood. At 24 hpf,

in situ hybridization of embryonic globin beta 3 (be3) reveals that primitive

erythroid cells are present normally in wild-type haploid embryos but absent in

mon haploids. We therefore chose in situ hybridization of be3 at 24 hpf as our

screen readout.
1. ENU Mutagenesis and Generation of F1 Fish
We followed the mutagenesis protocol from Lila Solnica-Krezel’s laboratory at

Vanderbilt University. In brief, 4–5-month-old male fish that were homozygous

for mon and heterozygous for the BAC transgene (mon/mon; Tg/+) were treated

with ENU (N-ethyl-N-nitrosourea) at the final concentration of 3–3.5 mM for 1 h

per treatment. After each treatment, the fish were recovered first in the recovery

buffer (300 mg/L Instant Ocean, 100 mM sodium phosphate, PH = 6.5) containing

10 mg/L tricaine for 2–3 h, then in fresh recovery buffer (no tricaine) for over-

night. Fish were treated once a week for 5 weeks. Forty-two male fish were used

for ENU mutagenesis and 28 fish survived at the end of treatment. These F0 fish

were used to cross with females that were of the same genotype (mon/mon; Tg/+)

in the set-up of single-pair mating. In total, we obtained about 5600 embryos from

mutagenized F0 males by breeding them once a week for 3 weeks. All of the F1

progeny should be mon homozygous and one-quarter would not carry the trans-

gene; therefore were GFP�. These embryos (mon/mon) were visually scored for

blood cells in circulation at 3 dpf. Mon mutants have no circulating blood cells. If

any circulating blood cells were found, it would indicate a dominant suppressor

mutation. We did not detect any dominant suppressor mutations that could give

rise to circulating blood cells in these F1 mon/mon progenies, which all died after

1 week. The rest embryos carried the transgene; therefore were GFP+ and could

survive to adulthood. In total, more than 4000 F1 progenies were raised up.
2. Haploid Screen for Recessive Suppressor Mutations
The survived F1 fish were genotyped and only the female fish that are heterozy-

gous for the transgene (mon/mon; Tg/+) were kept for haploid screen. Each F1

female carried a different set of mutagenized genes derived from the independently

mutagenized spermatogonial cells of their father. Generation of haploid embryos is

as described previously (Shepard et al., 2005). In brief, individual F1 female was
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squeezed to release eggs, which was then fertilized by UV-treated sperms fromwild-

type males. UV treatment destroys the paternal DNA and therefore will not contrib-

ute to the genome in the fertilized eggs. After 20 h post fertilization, survived

embryos showed typical morphology of haploid embryos, such as shortened body

length. These F2 haploid embryos were fixed at 22 hpf by 4% PFA for in situ

hybridization. Because the F1 mom was heterozygous for the transgene, half

embryos should carry the transgene; therefore were GFP+, while the other half were

GFP� without the transgene. Theoretically, we only need to focus on the GFP�

embryos, which were true mon mutants. However in our case, all embryos were

GFP+ at 22 hpf due to the maternally deposited GFP protein in the eggs. This

maternal, long half-life GFP protein made it impossible to distinguish embryos with

and without the transgene based on GFP fluorescence. Luckily we found that the

maternal GFP mRNA could not be detected at 22 hpf. We therefore decided to do a

double in situ hybridization for both GFP and be3. If an embryo carried the trans-

gene, thewhole embryowould be stained for GFPexpression due to the ubiquitous b-

actin promoter, whereas be3 should only be detected in the Intermediate Cell Mass

(ICM) blood island. In order to do one-color staining for both probes, we decreased

the concentration of the GFP probe to one-quarter of that of the be3 probe so that the

be3-staining could stand out of a GFP-stained background. As shown in Fig. 1B, in

the absence of suppressor mutations, 50% haploid embryos were mon carrying the

transgene (mon;Tg); therefore stained for both GFP and be3, while the rest half were

mon without the transgene (mon only); therefore no staining at all. If we detected a

clutch of embryos with a third pattern, which was be3+ but GFP�, it would indicate a
presence of a suppressor mutation that could restore blood formation in mon

mutants. If such a clutch were found, the same female would be squeezed at least

one more time to make sure the rescue phenotype was repeatable. At the end we

found three females that were potential hits (the putants). The numbers of fish used

in the screen were summarized in Table I.
Table I
Summary of the number of fish and embryos used in the screen

No. of males used for ENU mutagenesis 42

No. of males survived after ENU mutagenesis (F0) 28

No. of F1 embryos generated from F0 males 5612

No. of GFP F1 embryos used to screen for dominant suppressors at 3 dpf 1400

No. of F1 females used for squeezing 2134

No. of F1 females that are squeezable 1310

No. of haploid clutches that had �10 embryos survived after

22 hpf and used for double ISH

815

No. of putant F1 females identified 3

No. of mutants verified in diploid 2
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3. Recovery and Validation of Haploid Mutants
To validate putants, we first recovered suppressor mutations in the diploid back-

ground (Fig. 2). Each F1 putant female was crossed with a transgenic male (mon/

mon; Tg/+) to generate the F2 family. The F2 progenies were raised up and half of

themwould carry the potential suppressor mutation (sup/+). Again, only the progeny

with the genotype of mon/mon; Tg/+ were selected and randomly paired with each

other within the family. Double in situ hybridization for GFP and be3was performed

on the F3 embryos. In theory, if a suppressor mutation is fully penetrant and both

parents are carriers, one out of 16 (6.25%) embryos in a given clutch from a single

pair would be GFP� and be3+, indicating a rescue. We were able to validate two out

of three putants in the diploid background. At the same time, any morphological

phenotype linked to the rescue phenotype would be very useful to identify mutants.

In our case, both validatedmutants (sunshine andEos) had distinctivemorphological

phenotype andwere recessive lethal. Because the suppressor mutants were identified
[(Fig._2)TD$FIG]

Fig. 2 Verify suppressor mutants in diploids. A putative suppressor mutant (F1 putant) female iden-

tified in the haploid screen (indicated by a red asterisk on the fish) was crossed with a transgenic male to

give rise to an F2 family. F2 siblings were subjected to random pair mating. If both fish were heterozygous

carriers of the suppressor mutation (sup), 6.25% embryos would be double mutant for mon and the

suppressor mutation (mon/mon; sup/sup) and show GFP negative but be3 positive. (See color plate.)
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in the transgenic mon mutants, it is important to verify them in the original mon

mutants. Either mutant was therefore crossed with mon� fish to generate double

mutant heterozygous, which were then intercrossed to give rise to double mutant

embryos. In situ hybridization for be3 followed by genotyping confirmed that blood

formation inmon was rescued by either repressor mutant. To clone the mutant gene,

the suppressor mutant was outcrossed with wild-type fish for at least three genera-

tions to clean out additional mutations in the genome and then crossed with the

mapping strain SJD for positional cloning.
III. Conclusions and Prospective
Here we described the first genetic suppressor screen in the zebrafish. Using a

combination of transgene-mediated rescue and haploid genetics in the zebrafish, we

identified two suppressor mutants that could rescue the blood formation in a blood-

less mutantmon. By characterizing one of the mutants, sunshine, we have discovered

a novel mechanism regulating erythroid differentiation (Bai et al., 2010). Our work

not only demonstrates again that the zebrafish is a powerful model organism for the

study of vertebrate genetics, but also provides a foundation for undertaking genetic

modifier screens in the zebrafish. The transgenic rescue approach leads to large

numbers of viable fish with a homozygous lethal mutation. Because the linkage of

GFP on the transgene distinguishes the true mutants from the mutants rescued by the

transgene, this method eliminates the need of genotyping and is more reliable than

calculating the fraction of expected embryos based on the Mendelian ratio. This is

particularly important for haploid screens, in which the average number of survived

haploid embryos per clutch is usually very low (less than 30 embryos).

In our screen, we used a GFP marker driven by a strong, ubiquitous promoter,

which led to a strong maternal effect that may cause a problem under certain

circumstances. To avoid this problem, a weak ubiquitous promoter or a tissue-

specific promoter will be better to use in the future. For instance, the recently

published zebrafish ubiquitin promoter may be well suited to drive a marker gene

expression on the transgene as it is expressed early and ubiquitous during embryonic

development but much weaker than the actin promoter (Mosimann et al., 2011).

Compared to F3 screens for recessive mutations, haploid screen is much faster and

can save a lot of tank space. However, the surviving rate of haploid embryos is poor,

especially after 24 hpf, making it difficult to conduct screens on late-stage embryos. In

addition, the morphology of haploid embryos can be extremely variable and therefore

may not be suitable for morphology-based screens. In these cases, diploidization of the

haploid embryos by early pressure (EP) or heat shock (HS) may be a better way. The

artificially induced gynogenesis allows mutations in the maternal genome to become

homozygous in up to 50% of the embryos (Streisinger et al., 1986). These diploid

embryos develop with normal morphology and can survive to adulthood.

Although in theory a modifier screen can be conducted in virtually any mutants,

understanding the molecular nature of the original mutant is important to predict
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whether the screen is likely to work or not. In our case, the defective gene TIF1g in

mon mutant is a chromatin-associated factor and presumably regulates gene tran-

scription through chromatin. Since the molecular interactions at the chromatin level

are usually dynamic and reversible, it is possible to identify chromatin-related

pathways that bypass the requirement of TIF1g. Indeed, both of the suppressor

mutants found in our screen are chromatin-related factors (Bai et al., 2010 and

unpublished data). It is therefore reasonable to conduct a modifier screen onmutants

that are defective in molecular pathways involving multiple components and

dynamic interactions.

In summary, the suppressor screen described here can be applied to many existing

embryonic lethal mutants in the zebrafish. Many of these mutants define critical

steps of organogenesis and are excellent models of human diseases. Performing

suppressor screens on these mutants will be very useful to identify interacting

pathways that may have clinical implications.
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Tol2 system is a robust gene transfer tool and has been selected as the primary

transposon platform, facilitating the development of an array of reagents readily

shared within the zebrafish community. We present common transposon and

transposase vectors within the field based on the Tol2 system.We describe methods

with a high success rate of generating transgenic zebrafish using Tol2 vectors,

including key quality control steps during the transgenesis process. Together, these

data should enable the ready generation of transgenic zebrafish for scientific

inquiry.
I. Introduction
Stuart and colleagues reported the first germline transgenic zebrafish (Danio

rerio) over 20 years ago (Stuart et al., 1988). Since then, increases in the efficiency

of zebrafish genome engineering have dramatically amplified both the use and

functionality of this vertebrate model organism. Beyond the revolution of fluores-

cent proteins, arguably no tool has aided zebrafish genome engineering more than

active DNA transposons. Here we discuss how transposons work in general, the

application of transposon systems to zebrafish, and share a method for routine

transgenesis using the Tol2 transposon system (Kawakami and Shima, 1999; Koga

et al., 1996).

DNA or ‘‘cut and paste’’ transposons make up a significant portion of many

genomes. When active, these ‘‘wild’’ transposons exist as both ‘‘autonomous’’ and

‘‘non-autonomous’’ versions. The autonomous version (Fig. 1A) encodes a com-

plete and functional transposase that is capable of identifying, excising, and

reinserting the DNA element defined by its inverted terminal repeats (ITR) or

other elements with the same ITRs. Non-autonomous elements are DNA transpo-

sons that can still be moved by a functional transposase but are no longer able to

produce their own transposase protein due to mutations or deletions within the

coding region of the transposase (Fig. 1B). These elements are reliant on auton-

omous elements for mobilization. The ability of the transposon to work on non-

autonomous elements easily permits the separation of transposase activity from

the mobile element. Without this step, mobilization of the element could continue

uncontrolled. This necessary step in the adaptation of wild transposons to

‘‘domesticated’’ genetic tools occurred rapidly once their mechanism was under-

stood – the transposase coding sequence is simply replaced with an expression

cassette of a gene of interest (Fig. 1C). As individual transposon elements were

further understood, it was recognized that the inverted repeats could be modified

to eliminate all unneeded sequences that might unknowingly affect transcription,

splicing, polyadenylation, etc. Thus, current transposon tools are short – improving

subcloning and transposition efficiencies (Fig 1D). The transposase can be supplied

on a separate DNA expression cassette in trans (Fig 1E) or outside of the transposon

cassette in cis (not shown). However, in zebrafish the most common way to supply

the transposase is by co-injection of mRNA encoding the transposase (Fig. 1F). This
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Fig. 1 Transposon structures. A) An autonomous transposon found within the genome in its

‘‘wild’’ configuration contains full inverted terminal repeats (ITR) capable of driving expression of

an active transposase located within the ITRs. The transposase is transcribed and processed including

polyadenylation from signals located within the ITRs. The transposase mRNA is translated into protein

that can recognize sequences at the distal ends of the transposon and ‘‘cut’’ it from the genomic DNA

and ‘‘paste’’ it into a new location within the genome. B) Mutations (red areas) in the transposase cause

the transposon to become non-autonomous, meaning the transposon has lost its ability to produce

functional transposase protein. However, the ITRs of a non-autonomous transposon can be recognized

if functional transposase is provided from another source (e.g., an autonomous element elsewhere in the

genome). C) An engineered or ‘‘domesticated’’ transposon can be made by replacing the transposase

coding region with a different gene or expression cassette. D) As the transposon sequences required

for mobilization are understood, a transposon can be made using so-called ‘‘minimal’’ ITR

sequences (mITR). Doing so likely removes elements that are required for normal expression of

the transposase (promoter, polyadneylation signals, etc.). E) A separate DNA expression cassette can

be made by placing the transposase sequence between a promoter (P) and a polyadenylation signal

(poly(A)). F) Alternatively, in vitro transcribed mRNA can be produced as a transient source of

transposase. In zebrafish work, the most common genetic manipulations include the combination of

a minimal transposon (D) and in vitro transcribed mRNA (F). (See color plate.)
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insures that the transposase is only available transiently and that the transposon

integrations will be stable following natural mRNA degradation.

The first DNA transposon widely adapted for genetic engineering was the P

element in Drosophila (Rubin and Spradling, 1982; Spradling and Rubin, 1982).

However, it would be years before a transposon system with significant activity in

vertebrate cells was identified. In 1996, the first evidence of an active DNA trans-

poson in the genome of the Medaka fish was reported (Koga et al., 1996). However,

before the active Tol2 transposase was characterized, another vertebrate DNA trans-

poson, Sleeping Beauty (SB), was reverse engineered from related, ancient, inactive
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transposons found in several fish species (Ivics et al., 1997). In a series of deliberate

steps, the Tol2 element was isolated from a mutational insertion in the Medaka

tyrosinase locus and shown to be an autonomous native mobile element

(Kawakami et al., 1998; Koga et al., 1996). This work permitted the identification

of functional Tol2 mRNA, leading to germline transgenesis of zebrafish following

injection of a non-autonomous element and Tol2 mRNA into zebrafish embryos

(Kawakami and Shima, 1999; Kawakami et al., 2000). Similarly, development of the

SB transposon system continued with demonstration of remobilization in zebrafish

cells followed by germline transgenesis (Davidson et al., 2003; Izsv�ak et al., 2000).
Since the initial documentation of SB and Tol2 transposon activity in zebrafish,

many subtle changes in design and use have been implemented. Significant efforts to

engineer SB for improved function have led to improvement of the terminal repeats

(Cui et al., 2002) and successive generations of ‘‘hyperactive’’ transposases (Baus

et al., 2005; Geurts et al., 2003; M�at�es et al., 2009; Yant et al., 2004; Zayed et al.,

2004). Despite these advances in function, the SB transposon system failed to make a

widespread splash within the zebrafish research community. Direct comparisons

between Tol2 and SB in zebrafish demonstrated that transposition of Tol2 occurred

more rapidly and with substantially higher overall activity in somatic tissues

(Balciunas et al., 2006). The latter activity permitted efficient analysis of enhancer

function in F0 (injected embryos) for the first time (Fisher et al., 2006). In addition,

and unlike SB, Tol2 transposition efficiency does not significantly drop with trans-

poson size (up to 10 kb) nor is it as sensitive to overexpression inhibition

(Balciunas et al., 2006). Although other transposons have been subsequently used

for germline transgenesis of zebrafish (Emelyanov et al., 2006; Koga et al., 2008),

the best-characterized observations derive from the Tol2 system. Collectively, these

realizations have made Tol2 the primary choice for generating transgenic zebrafish.

Since the initial characterization of Tol2, independent cloning of the Tol2 element

fromMedaka (Parinov et al., 2004) and the subsequent production of several cloning

vectors have facilitated the use of this element in zebrafish. Some have significantly

reduced the length of the inverted terminal repeats, making expression vectors

smaller and easier to handle while simultaneously removing potential undefined

regulatory elements such as promoter, splicing, or polyadenylation signals within the

terminal repeats (Balciunas et al., 2006; Urasaki et al., 2006). The availability of

multiple sources of cloning vectors, including mini inverted repeat transposons and

Tol2 transposase transcription vectors (Fig 1D,E), facilitated creation of the Tol2

toolbox for zebrafish. Additional collections of Tol2 transposon vectors made use of

Gateway cloning vectors (Kwan et al., 2007; Villefranc et al., 2007). In particular,

the distribution of the convenient ‘‘Tol2-kit’’ established a transformational series of

versatile vectors for use by the scientific community (Kwan et al., 2007). The

combination of multiple useful plasmids, the completeness of the kit for combining

fluorescence reporters for promoter and fusion protein production, and an online

‘‘user community’’ (http://tol2kit.blogspot.com) helped to make the Tol2 transposon

system a routine genetic engineering tool that is used widely by the zebrafish

community.

http://tol2kit.blogspot.com/
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Fig. 2 Overview of Tol2 transgenesis method. The basic approach to producing a transgenic zebra-

fish using the Tol2 transposon system is diagramed and listed. See text for details. (See color plate.)
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Methods: State of the Art Tol2 Transposon Tools for Zebrafish Transgenesis.

Fig. 2 presents an overview of the basic process for production of a transgenic

zebrafish using Tol2 transposase.
II. Requesting and Assembling Tol2 System

A. Tol2 Transposon DNA
The first step of the process involves cloning the desired expression cassette

between Tol2 ITR.Many cloning vectors are available within the research community.

Fig. 3 documents some of the basic Tol2 cloning vectors and their sources.

pTol2Dest2pA (Fig. 3A) and pTol2Dest2pA2 (Fig. 3B) are two minimal Gateway

Cloning1 multisite destination vectors that are compatible with many available entry

vectors as well as other destination vectors available from the Lawson and Chien

(Tol2kit) labs, respectively (Kwan et al., 2007; Villefranc et al., 2007). Both of these

Gateway Destination vectors use ITRs that are shorter than the original Tol2 transpo-

son vectors and are very similar, with the exception that the A2 version has removed

about 2 kb of exogenous DNA from theO. latipes tyrosinase gene (the locus in which

Tol2 was original identified). Three conventional cloning vectors, pT2AL200R150G

(Fig. 3C), pminiTol2 (Fig. 3D), and pKTol2-SE (Fig. 3E) are available from

the Kawakami, Ekker, and Clark labs, respectively (Balciunas et al., 2006;
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Fig. 3 Available Tol2 transposon vectors. A and B) pDestTol2pA and pDestTol2pA2 are multisite

Gateway cloning vectors available from the Lawson lab (Villefranc et al., 2007) (http://lawsonlab.

umassmed.edu/gateway.html) and the Chien lab (Kwan et al., 2007) (http://chien.neuro.utah.edu/tol2k-

itwiki/index.php/Main_Page), respectively. They are largely the same although the A2 version removes a

large chunk of theO. latipes tyrosinase (tyr) gene that was cloned along with the original Tol2 transposon

ITRs. C) pT2AL200R150G is a minimal Tol2 vector available from the Kawakami lab (Urasaki et al.,

2006) (http://kawakami.lab.nig.ac.jp/). It includes a simple GFP expression cassette that is removed when

cloning a gene between the BglII and XhoI restriction endonuclease sites. D) pminiTol2 is a minimal Tol2

transposon vector, available from the Ekker lab (Balciunas et al., 2006) (http://zfishbook.org), that shares

the samemultiple cloning sites asmany SB vectors derived from pT/HB or pT/BH (Geurts et al., 2003). E)

pKTol2-SE is a minimal Tol2 vector with a simplified vector backbone available from the Clark labora-

tory (http://zfishbook.org). pKTol2-SE shares a multiple cloning site with other vertebrate transposon

cloning vectors: pKT2-SE, pPBT-SE, and pPPTn-SE for Sleeping Beauty (Clark et al., 2007; Ivics et al.,

1997), piggyBac (Clark et al., 2007; Fraser et al., 1996), and Passport (Clark et al., 2009), respectively.

The size of each plasmid (A–E) is noted. In cases where some of the plasmid is removed in the cloning

process (A–C), the length of remaining elements is shown in parentheses. Abbreviations: ITR-R (Tol2

inverted terminal repeat right or 30), ITR-L (Tol2 inverted terminal repeat left or 50), DEST cassette (required

for Gateway cloning, replaced with contents of entry vector), EF1a (elongation factor 1 alpha promoter),

RBG intron (rabbit beta-globin intron), EGFP (enhanced green fluorescent protein), SV40(A) (SV40

polyadenylation signal), T7 (T7 polymerase binding site), T3 (T3 polymerase binding site), Lac

Promoter (Lac operon promoter), ColE1 ORI (plasmid origin of replication), AmpR (ampicillin resistance

gene), KanR (Kanamycin resistance gene), and F1 ORI (single-stranded phagemid origin). (See color plate.)
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Urasaki et al., 2006). Each of these usesminimized ITRs, which help decrease the size

of the transposon and plasmid. These Tol2 cloning vectors have been used to produce

transgenic zebrafish with good efficiency. The choice will come down to practicality

and ease in generating the desired molecular biology cassette for use in zebrafish

transgenesis experiments.

A key component of many zebrafish transgenesis vectors is the inclusion of a

dominant reporter cassette for quality control during the transgenesis process and for

downstream work with these lines. The role of the reporter is to provide an easy

method of subsequent genotyping. Verification that transposition is occurring in the

injected embryos is vital to successful transgenic fish production. This quality

control check can be done quite easily when the expression cassette contains a

dominant marker, like a fluorescent protein. If the primary transgene cassette will

http://lawsonlab.umassmed.edu/gateway.html
http://lawsonlab.umassmed.edu/gateway.html
http://chien.neuro.utah.edu/tol2kitwiki/index.php/Main_Page
http://chien.neuro.utah.edu/tol2kitwiki/index.php/Main_Page
http://kawakami.lab.nig.ac.jp/
http://zfishbook.org/
http://zfishbook.org/
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not produce a dominant marker directly in zebrafish larvae (i.e., there is no dominant

marker, the marker is targeted for adult expression, or the marker is inducible), it is

often beneficial to include a small selectable cassette, such as the gamma-crystalin

(g-cryst) promoter or the cardiac myosin light chain (cmlc) driving a fluorescent

protein in the lens or heart, respectively (Davidson et al., 2003; Huang et al., 2003).

Not only will these expression cassettes help in the production of the desired

transgenic fish line, but also they aid in husbandry by allowing easy selection of

transgenic carriers as larvae.
B. Tol2 mRNA
Three widely available transcription vectors for making Tol2 transposase-encoding

mRNA are shown in Fig. 4: pCS-TP (Kawakami et al., 2004) (Fig. 4A), pCS2-

transposase (Kwan et al., 2007) (Fig. 4B), and pT3TS-Tol2 (Balciunas et al., 2006)

(Fig. 4C). All three encode identical Tol2 transposase open reading frames. Both CS

vectors, pCS2-TP and pCS-transposase, use the SP6 polymerase, share common

linearization sites, and can potentially be used as an expression cassette with a

CMV promoter and a functional SV40 poly(A) signal. However, the endogenous

Tol2 UTRs (both 50 and 30) have been removed from pCS-transposase (Fig. 4B).

The pT3TS-Tol2 vector differs from the CS vectors by using the T3 polymerase

and incorporating UTRs from the Xenopus beta globin gene, sequences that have

been shown to increase mRNA stability compared to CS-based vectors (Hyatt and

Ekker, 1999). Ideally, synthetic, 50-guanosine-capped mRNA should be produced

using a kit such as Ambion’s mMessage Machine1. Tol2 transposition is robust and

has awide tolerance of transposon to transposase ratio. Tol2mRNA fidelity should be

checked on an agarose gel (see Appendix C in Qiagen’s mRNeasy kit for a convenient
[(Fig._4)TD$FIG]

Fig. 4 Available Tol2 transposase transcription vectors. A and B) pCS-TP and pCS2-Transposase

are very similar transcription vectors available from the Kawakami lab or Chien lab, respectively. Both are

based on a pCS vector backbone and use the bacteriophage SP6 polymerase. pCS2-transposase lacks the

V1 and V2 regions that correspond to cDNA from the native Tol2 transposase untranslated regions. C)

pT3TS-Tol2 is available from the Ekker lab. It uses T3 polymerase to produce mRNA and includes

untranslated regions from the Xenopus beta globin gene. The restriction sites available for linearization of

the plasmid are shown in red. (See color plate.)
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protocol, http://www.qiagen.com/hb/rneasymini), and care should be taken to avoid

contamination with RNases. For these reasons, it is advisable to aliquot Tol2 mRNA

into single-use aliquots (for example 1 mL at 200 ng/mL, stored at �80 �C).
C. Positive Control Transposon
To assist in validating a newly constructed Tol2 transposon, a functionally veri-

fied, positive-control transposon driving a fluorescent reporter can be requested

from any of the sources of Tol2 cloning vectors.
III. Microinjection

A. Injection Setup
An example set-up for microinjection in zebrafish is fully described (Bill et al.,

2009). Key components are the ability to visualize the procedure through the dis-

secting microscope, the micromanipulator control of the injection needle, and a

volumetric regulator of the transposon DNA/transposase RNA solution during the

injection process.
B. Final Preparation of Reagents

1. Transposon DNA: Transposase mRNA Injection Mix
a.
 On themorning of the injection, mix Tol2 transposon DNAwith an aliquot of Tol2

mRNA. A recommended concentration is 12.5 ng/mL of both DNA and mRNA,

diluted with RNase-free water as required. (It is important to use RNase-free

reagents when isolating transposon plasmids initially and in the preparation of the

DNA:RNA injection mix.)
b.
 The DNA:RNA injection mix is complete and should be handled with gloves and

kept on ice for the duration of the injection session.
2. DNA:H2O Control Injection Mix
A second injection mix is prepared that lacks Tol2mRNA (DNA:H2O) to serve as an

injection control to permit visualization of transposase activity (see quality control

below). Prepare a DNA only solution using the same concentration of DNA used in

the DNA:RNA injection mix (12.5 ng/mL).
C. Injecting
1.
 Calibrate the injection volume (such as described in Bill et al. (2009) or other

suitable method) to inject 1–2 nL of DNA:RNA injection mix. Separately,

http://www.qiagen.com/hb/rneasymini
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calibrate and inject DNA:H2O injection mix into different sibling embryos (keep

separate for comparison).
2.
 Enhanced rates of transgenesis are seen in embryos injected at the one cell stage.

Higher volumes are tolerated in the yolk; however, transgenesis injections should

be targeted to the cell/yolk interface or directly into the cell body for the highest

efficiencies.
3.
 Injected embryos are transferred to Petri dishes and stored between 28 and 30 �C.

4.
 At the end of injection day, remove any dead or unhealthy embryos.
IV. Quality Control
The initial quality control step comes from expression of the marker that has been

introduced into the transposon or cassette. Detection of the marker confirms the

success of injection. Second, comparison of the DNA:RNA injections to control

(DNA:H2O) injections is also indicative of injection success. When performing

control injections (DNA:H2O), the number of fluorescently tagged embryos as well

as the distribution (mosaicism) of fluorescence within the embryos will be dramat-

ically reduced relative to co-injection of DNA with functional Tol2 transposase

mRNA.
A. Quality Control Fails – Troubleshooting
1.
 If no difference is noted between injections with or without transposase mRNA

(i.e., both injections show low levels of fluorescence), then something has

likely occurred to impair the transposition reaction. This is most often due

to degradation of the Tol2 mRNA, because it is the most sensitive component

of the injection mix.
2.
 If marker expression is not observed in either injection condition (+/� Tol2

mRNA), the integrity or identity of the transposon DNA is the likely first point

for troubleshooting. The integrity of the DNA (or RNA) from the exact injection

mix can be verified on an agarose gel if there is sufficient quantity left after the

procedure. If the identity of the DNA transposon is in question, more thorough

restriction digest analysis and/or sequencing of the transposon may be needed to

determine the issue.
B. Quality Control Passed
1.
 Once Tol2 mRNA-enhanced expression of the dominant marker is observed, the

next step is to select and raise F0 embryos to produce transgenic fish.
2.
 Remove any embryos with obvious morphological defects as they are unlikely to

produce healthy, fertile adults.
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C. No Dominant Marker Used
If the choice was to forgo including a dominant marker within the transposon, then

check the quality of theTol2mRNAby co-injectingwith a functionally verified positive

control transposon obtained from one of the Tol2 source labs or a colleague. Subsequent

transgenesis will need to be scored by PCR or some other detection method.
V. Select Injected Fish to Raise as Founder Generation F0
A.
 Select 50–100 embryos that express the dominant marker in the appropriate

context, e.g., heart expression from a cmlc promoter. If using a more ubiquitous

promoter, most embryos will have some expression of a fluorescent protein. In

this case, select the embryos with the most uniform (low mosaic) expression of

the fluorescent protein, as they represent the embryos that have likely had early

integration of a transposon. This increases the chances that there has been

germline integration in these embryos.
B.
 Raise these selected embryos to produce F0 adults according to standard rearing

protocols. Ideally, raise a minimum of 30 or so fish to adulthood to provide

enough F0 adults to establish the desired transgenic fish line. However, while

these fish are developing into adults, we recommend injecting another set within

2–4 weeks as backup in case something goes wrong with the first set (especially

during rearing) or in case the injection was not as successful as first evaluated.
VI. Production of F1 Generation

A. Outcross F0 Fish
1.
 When F0 fish become sexually mature, usually between 2.5 and 4 months depend-

ing on rearing conditions, screen for germline transgenesis. Because the efficiency

of transgenesis is generally high, it is desirable to outcross these fish with non-

transgenic brood stock. Use fish that are easily distinguishable from F0 fish to

prevent cross-contamination – leotq270/+ is one choice of a dominant visiblemarker

with an altered pigmentation pattern in adult zebrafish (Watanabe et al., 2006), and

there are many recessive pigment markers that can be used.
2.
 After obtaining eggs from an outcross of an F0, keep the adult fish separate for

the week while determining whether or not it is transmitting the transposon

through its germline.
B. Screen Embryos for Germline Transmission
1.
 Examine the embryos for dominant marker expression at the suitable time in

development. In general, germline transgenesis is mosaic, meaning that expression

will not be Mendelian at this generation. If the F0 is transmitting the transposon
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through its germline, it is common to see about 10–15% of the embryos expressing

the dominant marker. However, the actual transmittance can vary from a single

embryo in a clutch tomore than 50%; such higher expression frequencies are due to

multiple transposon integrations in the founder fish germline.
2.
 Independent integration of transposons from one F0 to another often results in

subtle (sometimes dramatic) differences in expression of the transgenic cassette

used. Therefore, maintain expressing F1 embryos from different F0 fish as

separate substrains. These siblings may represent a collection of multiple inte-

gration events within the mosaic F0 germline. The transposon integrations within

these F1 embryos are now stable, and subsequent generations will inherit these in

a Mendelian fashion. At this point, select a manageable number of substrains of

the transposon (4–6) and trim this down in subsequent generations based on

signal to noise and proper expression domains in the F2 embryos.
3.
 F0s that produce 40 or more viable embryos that do not show any expression of

the dominant marker are considered negative and retired from the screen.
VII. Select the Best Substrain(s) Based on Observation
of F2 Generation
The F2 embryos from F1 adults will inherit stable transposons in a Mendelian

fashion. This permits evaluation ofmany embryos for proper expression based on the

promoter used within the injected transposon. In addition to spatio-temporal control

there will likely be differences in signal-to-noise ratio of the transgene. Select one or

more lines to maintain.
VIII. Discussion
The use of transposons in zebrafish makes this animal perhaps the most readily

modifiable organism within a biological scientists’ genetic toolbox. Most injected

animals pass at least one transgenic chromosome to their offspring. The Tol2 system

is robust and has been selected as the primary transposon platform, facilitating the

development of an array of reagents readily shared within the zebrafish community.
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caged morpholino (cMO) oligonucleotides to photo-inactivate genes in zebrafish

embryos with spatiotemporal control. This chapter describes general principles for

cMO design and methods for cMO assembly in three steps from commercially

available reagents. Experimental techniques for the microinjection and photoactiva-

tion of these reagents are described in detail, as well as the preparation and appli-

cation of caged fluorescein dextran (cFD) for labeling irradiated cells. Using these

protocols, cMOs can be effective tools for functional genomic studies in zebrafish

and other model organisms.
I. Introduction
During embryonic patterning, genetic programs are precisely coordinated to

create complex tissues and organs. Genome sequencing and forward genetic

screens have revealed an extensive list of patterning genes, many of which are

expressed in a tissue-specific manner at discrete time points in embryo develop-

ment. One of the remaining challenges in developmental biology is to understand

how these genes act in space and time to coordinate embryogenesis by stereotyp-

ically modulating cellular functions. Toward that goal, several chemical, optical,

and/or genetic approaches for conditional gene regulation have been developed, and

such technologies have provided key insights into the molecular mechanisms that

underlie tissue patterning and function (Gradinaru et al., 2010; Ouyang and Chen,

2010; Shestopalov and Chen, 2008).

As evident in this issue of Methods in Cell Biology, the zebrafish is ideally

suited for visualizing vertebrate ontogeny, since its embryos and larvae are

optically transparent and develop rapidly ex utero. However, methods for regu-

lating endogenous gene function in zebrafish are underdeveloped relative to other

model organisms; inducible RNA interference technologies have exhibited lim-

ited efficacy thus far (Blidner et al., 2008; Zhao et al., 2008), and targeted genetic

knockouts are limited to zinc-finger nucleases (Remy et al., 2010). In lieu of these

approaches, synthetic oligonucleotides such as morpholinos (MOs) have been

employed as antisense reagents in zebrafish embryos (Shestopalov and Chen,

2010). MO oligomers, typically 25 nucleotides in length, display DNA bases from

a morpholine ring system and are connected by a phosphorodiamidate backbone

(Summerton, 1999). Due to this non-natural structure, MOs are resistant to

nucleases and persist in zebrafish embryos for up to four days (Bill et al.,

2009; Nasevicius and Ekker, 2000). When MOs are injected into zebrafish prior

to the eight-cell stage, they become uniformly distributed throughout the embryo

and constitutively block either RNA splicing or translation, depending on the

targeted RNA sequence.

While MOs are widely used to interrogate gene function in zebrafish, the utility of

these reagents is limited by their constitutive activity, as gene expression is inhibited

immediately after microinjection. Conventional MOs therefore are less effective for
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studying genes that are required for embryonic survival and/or have pleiotropic

functions during embryonic patterning. To overcome this limitation, we recently

developed caged morpholino (cMOs) that can be activated by 360-nm light, taking

advantage of the transparency of zebrafish embryos (Shestopalov et al., 2007). This

was achieved by tethering a complementary MO-derived inhibitor to the 25-base

targeting sequence through a dimethoxynitrobenzyl (DMNB) group-containing

photocleavable linker (Fig. 1). The resulting intramolecular hairpin suppresses

hybridization of the targeting sequence to its complementary RNA, and cMOs are

significantly less active in vivo than their 25-base counterparts. Linker cleavagewith

360-nm light converts the cMO hairpin into an intermolecular MO duplex that is

energetically favored to dissociate, allowing the targeting MO to alter RNA splicing

or translation. Similar caging strategies have been previously described for regulat-

ing RNA function in vivo (Tang et al., 2007, 2008), and this general approach differs

from other oligonucleotide-caging technologies that target individual nucleoside

bases (Young et al., 2008), the phosphate backbone (Ando et al., 2001), the oligo-

nucleotide termini (Nguyen et al., 2006), or use an excess of complementary caged

RNA oligomer (Tomasini et al., 2009). The cMO technology is advantageous to

other methods for light-controlled antisense as it uses the well-established MO

antisense scaffold, a single photo-cleavable group, and a stoichiometric amount of

MO-regulating oligonucleotide (Shestopalov and Chen, 2010). Cells containing

photoactivated cMOs can be traced with a variety of light-inducible fluorescent

proteins (Lippincott-Schwartz and Patterson, 2008) or dextran-conjugated caged

fluorophores, such as caged fluorescein dextran (cFD) (Kozlowski and Weinberg,

2000) or caged rhodamine dextran (Gee et al., 2001).

While our initial published results established the general principle of using

caged oligonucleotides to conditionally regulate in vivo gene expression

(Shestopalov et al., 2007), there were limitations to generalizable cMO implemen-

tation. First, our initial studies required preparation of the inhibitory MO oligomer

and its appendant photocleavable linker through solid-phase chemistry, since con-

ventional MOs amenable to functionalization at the 5’ end were not commercially

available at that time. These procedures are laborious and time-consuming,
[(Fig._1)TD$FIG]

Fig. 1 Schematic representation of the cMO hairpin technology. MO/RNA hybridization can be

abrogated by tethering a complementary inhibitor MO via a photocleavable linker. Irradiation with

360-nm light leads to inhibitor dissociation, allowing the targeting MO to base pair with RNA containing

a complementary sequence. Adapted with permission (Ouyang et al., 2009; Copyright 2009, American

Chemical Society). (See color plate.)
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encumbering the synthesis and evaluation of other cMOs. Second, generalizable

guidelines for the design of hairpin cMOs were not evident, as only one inhibitory

sequence and structural configuration was tested. To resolve these challenges we

synthesized a DMNB-based bifunctional linker that can be used to conjugate the

targeting MO and its complementary inhibitor in only three steps, starting with

appropriately functionalized, commercially available MO oligomers (Ouyang et al.,

2009).We have utilized this optimized synthetic route to systematically analyze the in

vitro thermodynamics and in vivo efficacy of various cMO hairpin structures and

established design criteria for optimizing cMO activity profiles. These advances have

enabled us to prepare photoactivatable reagents targeting the zebrafish genes no tail a

(ntla) (Halpern et al., 1993), heart of glass (heg) (Mably et al., 2003), floating head

(flh) (Talbot et al., 1995), ets variant gene 2 (etv2) (Sumanas and Lin, 2006), SRY-box

containing gene 32 (sox32) (Alexander et al., 1999), and a � catenin (ctnna)

(Cerda et al., 1999). We further demonstrated the versatility of our caging approach

by replacing the DMNB chromophore with a bromohydroxyquinoline (BHQ) group,

which has a significantly greater cross section for two-photon excitation (Fedoryak

and Dore, 2002; Ouyang et al., 2009).

In this chapter, we describe detailed methods for the design, synthesis, and

utilization of cMO hairpins based on our most recent publication (Ouyang et al.,

2009). We also describe synthesis of cFD from commercially available precursors

for co-injection with cMOs to enable tracking of the irradiated cells.
II. Design and Synthesis of cMOs

A. Design of cMOs
As described above, cMOs are composed of a 25-base, RNA-targeting MO teth-

ered to a complementary MO oligonucleotide, thereby generating a stem-loop

structure through intramolecular base pairing that abrogates its binding to RNA

targets (Fig. 1). Linker photolysis converts the cMO hairpin into a MO duplex with

significantly weaker, intermolecular base-pairing interaction that permits duplex

dissociation and MO/RNA hybridization. For optimum performance, the cMO hair-

pin should therefore exhibit certain biophysical properties. There must be enough

intramolecular binding energy within the hairpin to minimize strand exchange and

intermolecular binding to RNA. However, cMO hairpins with too much intramo-

lecular binding energy, once photolyzed, will form MO duplexes with significant

intermolecular binding energy and strand exchangewith RNAwill be inhibited. This

delicate balance of binding energy also underscores the requirement for an inhibi-

tory oligomer with aMO backbone, as cMOs containing DNAor RNA inhibitors can

exhibit high basal gene-silencing activities, presumably due to hydrolysis of the

phosphate backbone in vivo (S. Sinha and J. K. Chen, unpublished observations).

To establish general principles for cMO design, we systematically investigated the

thermodynamic properties ofMO/MO andMO/RNA base pairing, both in vitro and in
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vivo. The intra- and intermolecular interactions of MO duplexes were compared, and

as a result of these studies, Eq. 1was developed as a general formula for calculating the

melting temperature (Tm) for intermolecular MO duplexes (Ouyang et al., 2009).

Tm ¼ 1:9� ð# of A=T base pairsÞ þ 5:7� ð# of G=C base pairsÞ ð1Þ
We find that this simple formula holds true for MO duplexes containing up to 16

base pairs, and longer duplexes may need further analysis of nearest-neighbor effects

for accurate Tm estimation. We also determined that cMO hairpins exhibit optimum

efficacy in vivowhen they are based onMOduplexeswith a Tm of 41–44 �C and adopt

blunt-ended rather than staggered stem-loops. For example, we found that an optimum

cMO hairpin against ntla should be made from the following MOs:

ntla MO: 5’-GACTTGAGGCAGACATATTTCCGAT-3’

Inhibitor MO: 5’-GCCTCAAGTC-3’

Tm ¼ 1:9� 4þ 5:7� 6 ¼ 41:8 �C

For other MO sequences, bases can be added or removed from the 5’ end of the

inhibitor MO to achieve an MO duplex Tm of 41–44 �C, along with the removal of

the 3’-most base in the inhibitor sequence, if necessary. Typical inhibitor MOs are

10–13 bases in length.
B. Synthesis of a Propargyl-Functionalized, Photocleavable Crosslinker
The bifunctional, photocleavable crosslinker can be synthesized from commer-

cially available 6-nitrovertaldehyde in ten steps (Scheme 1A). Detailed procedures
[(Scheme_1)TD$FIG]

Scheme 1 Crosslinker syntheses. Synthetic procedures for preparing the propargyl-functionalized,

photocleavable crosslinker (A) and azide-functionalized crosslinker (B). TMS = trimethylsilane,

Ts = tosyl, DIPEA = diisopropyl ethyl amine, CDI = carbonyl diimidizole, DSC = disuccinimidyl car-

bonate. Adapted with permission (Ouyang et al., 2009; Copyright 2009, American Chemical Society).
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for steps 1–5 (Shestopalov et al., 2007) and 6–10 (Ouyang et al., 2009) have been

published, and the synthetic yield for step 5 can be further improved by performing the

reaction in a pressure tube at 80 �C.Although the cis and trans forms of the crosslinker

carbamate (compounds after step 7) are separable by silica gel chromatography, it is

not necessary to isolate the individual stereoisomers since they will slowly intercon-

vert. The final product was column-purified to remove all trace impurities and stored

as a lyophilized solid in single-reaction aliquots (1.1 mg for reactions on 100 nmol

scale) at �20 �C to prevent NHS ester hydrolysis during freeze-thaw cycles. All

reactions and synthetic manipulations were done under ambient light without notice-

able decomposition, but the photolabile carbamates were shielded from light and kept

at �20 �C during long-term storage.
C. Synthesis and Purification of cMOs

1. Synthesis of an Azide-Functionalized Crosslinker
Preparation of an azide- andNHS ester-containing crosslinker can be accomplished

in two steps from commercially available 3-iodopropionic acid (Scheme 1B), and

detailed synthetic procedures have been published (Shestopalov et al., 2007). The

final product was stored dry in single-use aliquots (0.5 mg for 100-nmol-scale reac-

tions) at �20 �C to minimize hydrolysis of the activated ester.
2. NHS Ester Coupling with Amine-Modified MO Oligomers
To construct cMO hairpins, MO oligomers with a 3’ amine modification and

inhibitory MO oligomers with a 5’ amine modification were obtained from Gene-

Tools, LLC in 300-nmol quantities and acylated with the appropriate NHS-

containing linkers (Scheme 2). Each MO was dissolved in 300 mL of water. In

general, we recommend using a water bath sonicator to help dissolve MOs. Actual

oligomer concentration was determined according to the manufacturer’s instructions

by diluting 2 mL of oligomer solution 40-fold in 0.1 M HCl, heating to 100 �C for

1 min to dissociate aggregates, cooling to ambient temperature, and measuring

absorbance at 265 nm using a NanoDropTM UV-VIS spectrometer. MO solutions

prepared in this manner are typically in the 0.7–0.9 mM concentration range.

All MO conjugation reactions and manipulations were carried out in standard

1.5-mL polypropylene microcentrifuge tubes. Prior to acylation, the amine-

functionalized MOs were lyophilized to dryness, dissolved in 0.1 M Na2B4O7

(pH 8.5), heated to 100 �C for 1 min to dissociate aggregates, and allowed to

cool to ambient temperature. To prepare the 3’ azide 25-base targeting MO, one

0.5-mg aliquot of NHS ester-functionalized azide was dissolved in 20 mL of

DMSO and added to the aqueous solution containing 100 nmol of amine-modi-

fied MO in 0.1 M Na2B4O7 buffer. The 5’ amine-modified inhibitor MO was

functionalized with the DMNB-containing crosslinker in a similar manner; one

1.1-mg aliquot of the propargyl-functionalized NHS ester was dissolved in 15 mL
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Scheme 2 cMO synthesis. (i) Azide-functionalized crosslinker, 0.1 M sodium borate (pH 8.5),

DMSO, 80–90% after purification. (ii) Propargyl-functionalized, photocleavable crosslinker, 0.1 M

sodium borate (pH 8.5), DMSO, 70–90% after purification. (iii) sodium ascorbate, TBTA, CuI, 0.1 M

potassium phosphate (pH 8.0), DMSO, 10–25% after HPLC purification. Adapted with permission

(Ouyang et al., 2009; Copyright 2009, American Chemical Society). (See color plate.)
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of DMSO and added to the buffered solution containing 100 nmol of the inhibitor

MO. In this latter case, a cloudy suspension initially forms and later disappears

as the reaction proceeds. Coupling reactions were vortexed overnight in foil-

wrapped microcentrifuge tubes, resulting in quantitative conversion to the

acylated MOs.
3. Purification of Functionalized MO Oligomers
The 3’ azide-functionalized targeting MO was purified from unreacted NHS

ester and its hydrolyzed byproduct by passing the reaction mixture through a

disposable size-exclusion column. One illustra NAPTM-10 column (GE Life

Sciences 17-0854) was typically used for each 100 nmol-scale reaction mixture,

according to the manufacturer’s instructions. Columns were equilibrated with water

and the reaction mixture was diluted to 1 mL with water prior to loading onto the

column. The MO-containing eluent was lyophilized to dryness and dissolved in

100 mL water, and the final MO concentration was determined as described in

Section C2. This purification method typically yielded at least 50 nmol of azide-

functionalized MO.

The inhibitor MO-crosslinker conjugate was more difficult to purify as the rela-

tively large DMNB-containing linker is not completely removed by size-exclusion

column chromatography. Therefore, following product elution from the NAPTM-10

column and lyophilization (as described above for the 25-base targeting MO), the
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inhibitor MO was dissolved in 400 mL of water and acidified with 4 mL of glacial

acetic acid to protonate any hydrolyzed linker. The aqueous solution was washed

three times with chloroform (400 mL) and twice with ethyl acetate (400 mL) to
remove any unreacted or hydrolyzed crosslinker. These washes were performed in

standard microcentrifuge tubes by vortexing the aqueous/organic mixture for 30 s

followed by centrifugation (16,000 g, 1 min) and disposal of the organic layer. The

aqueous/organic interface, often containing cloudy precipitate, was carried through

to increase purification yield. Care should be taken not to dispose of the MO-

containing aqueous layer during the ethyl acetate washes, as unlike chloroform,

ethyl acetate is less dense then water. Following the organic washes, the aqueous

layer acidity was quenched by adding 20 mL of 10% ammonium hydroxide, andMO

solution alkalinity was confirmed by spotting 0.5 mL of the aqueous solution on pH

paper. Failure to basify the MO solution results in oligonucleotide degradation

during lyophilization. The mixture of MO, ammonium acetate, and water was

lyophilized to dryness, and residual ammonium acetate was removed by two cycles

of MO solubilization in 200 mL of water and lyophilization to dryness. The purified

inhibitoryMOwas then dissolved in 400 mL of 0.1 MKH2PO4 (pH 8), and oligomer

concentration was spectroscopically quantified as described in Section C2. This

purification method typically yielded at least 40 nmol of DMNB-functionalized

inhibitor MO.

Derivatization of MOs with the azide- or propargyl-functionalized linkers should

be confirmed by mass spectrometry prior to click-chemistry conjugation. We used a

Waters MicroMass ZQ liquid chromatography-mass spectrometry (LC-MS) system

with a ZorbaxTM SB-C18 2.1 � 30 mm column (Agilent 823700-902) and a two-

solvent gradient system (solvent A: water with 0.1% formic acid; solvent B: CH3CN

with 0.1% formic acid; 2–95% B in 20 min; flow rate of 0.3 mL/min). The inhibitor

MO modified with the propargyl-containing, photocleavable linker typically had

two masses from the same LC peak due to sample photolysis as it passed through the

UV flow cell prior to mass analysis. Accurate mass spectral data could be obtained

with as little as 0.5 nmol of MO oligomer.
4. Assembly of cMOs via Azide-Alkyne Huisgen Cycloaddition
Azide-alkyne Huisgen cycloaddition, commonly referred to as ‘‘click chemistry’’,

was used to assemble cMO hairpins (Scheme 2) (Rostovtsev et al., 2002). For this

reaction, the azide-functionalized 25-base MO was lyophilized to dryness, to which

an equimolar amount of the propargyl-functionalized inhibitor MO dissolved in

KH2PO4 buffer (pH 8) was added. The pH of the resulting solution was checked

after mixing, and 1–2 mL of 1 MKOHwas added to maintain a pH of 8 if necessary.

The MO mixture was heated to 100 �C for 1 min to dissociate oligonucleotide

aggregates and then cooled to room temperature. Solutions of 20 mM CuI in

DMSO and 20 mM sodium ascorbate in 0.1 M KH2PO4 (pH 8) were prepared

immediately prior to start of the reaction, whereas a stock solution of 20 mM tris

[(1-benzyl-1H-1,2,3-triazol-4-yl) methyl]amine (TBTA) in DMSO was prepared
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ahead of time and stored at �20 �C between uses. The azide-alkyne coupling

reaction was initiated by the addition of sodium ascorbate, TBTA, and CuI, in that

order (25 mL of each 20 mM stock solution per 50 nmol-scale reaction), to the

1.5 mL microcentrifuge tube containing the solution of the two MOs. The resulting

reaction mixture was briefly sonicated, protected from light with aluminum foil, and

then stirred overnight with a small magnetic stir bar.
5. Purification of cMOs
After completion of the azide-alkyne coupling reaction, the stir bar was removed

and consumed, insoluble catalyst was pelleted by centrifugation (16,000 g, 1 min).

The supernatant was then desalted by passage through a size-exclusion column in

analogy to the procedure described in Section C3. For this step we typically used one

GE Life Sciences illustra NAPTM-5 column per 25 nmol of MO reaction mixture

according to the manufacturer’s instructions. The columns were equilibrated with

water and the reaction mixture was diluted to 0.5 mL with water prior to sample

loading onto the column. The crude cMO-containing eluent was lyophilized to

dryness and dissolved in 100 mL of 0.02 M NaOH. The pH of the resulting solution

was checked, and 1–3 mL of 1 M NaOH was added if necessary to achieve a pH

greater than 12.

Our inability to resolve MO mixtures by reverse-phase and size-exclusion high-

pressure liquid chromatography (HPLC) led us to develop a method for the efficient

separation of cMO hairpins from unconjugated MOs using ion-exchange HPLC.

Though MOs are uncharged oligomers, adenine and thymine morpholino bases

become deprotonated (and negatively charged) at pH 11 and higher, allowing for

HPLC separation with a DNAPacTM PA100 22� 250 mm column (Dionex 043011)

and a two-solvent gradient system (solvent A: 0.02 MNaOH, 1%CH3CN; solvent B:

0.02 M NaOH, 0.375 M NaClO4, 1% CH3CN). The CH3CN co-solvent was used to

decrease hydrophobic interactions between MOs and the column media, while the

large perchlorate anion was used to effectively compete with ionic MO/media

interactions.

To purify the reaction mixture, 2 mL of the crude cMO product was first resolved

on the DNAPacTM PA100 column by running a 27-min 7–50% solvent B gradient

with a flow rate of 4 mL/min. As expected, MOs eluted in order of A/T base content

with the cMO eluting last (Fig. 2A). MO absorbance was detected at 260 nm, and the

photocleavable chromophore was detected at 347 nm. Elution time for the last

unconjugated MO peak (Point X, Fig. 2A) and the beginning of the cMO hairpin

peak (Point Y, Fig. 2A) was noted and converted to gradient composition (percentage

of solvent B) at X and Y. An empirically derived correction factor was then sub-

tracted from both X and Y to compensate for the solvent volume between gradient

mixer and UV flow cell (7% solvent B for our HPLC system), to give the values X*

and Y* (Fig. 2B). An elution method was then programmed consisting of: 7 to X*%

solvent B in 5 min, X* to Y*% B in 10 min, Y* to 50% B in 1 min, and 50% B for

10 min (Fig. 2B). The 10-min pause between gradient points X* and Y* is intended
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Fig. 2 Purification of a cMO hairpin. (A) Chromatogram of a crude cMO mixture separated by

preparative ion-exchange HPLC using a continuous solvent gradient. MO oligomers eluted in order of

increasing adenine and thymine content, with the cMO eluting last (highlighted in gray). The dashed line

represents gradient composition (% solvent B), and the retention time and gradient composition associ-

ated with points X and Y are noted. (B) Chromatogram of the same crude cMO mixture separated by

preparative ion-exchange HPLC using a step-wise solvent gradient and empirically derived transition

points X* and Y*. The cMO eluted as a symmetric peak with a half-height temporal width of approx-

imately 20 s. (C) Chromatogram of the cMO isolated by the step-wise solvent gradient in (B) and analyzed

by analytical ion-exchangeHPLC using a continuous solvent gradient. The cMOpurity was determined to

be 98.8% and its molecular mass was confirmed by LCMS.
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to allow the elution of all unconjugated MOs, while the sharp gradient ramp from

point Y* to 50%B should elute the cMO in one narrow peak. The composed method

was verified using another 2 mL of the crude MO product (Fig. 2B). The unconju-

gated MO peak should be completely eluted from the column before the cMO

hairpin is obtained as one symmetrical peak with a half-height temporal width of

30 s or less. Gradient parameters X* and Y* were fine-tuned to meet these criteria,

if needed.

Once a separation method was developed, up to 50 nmol of the MO mixture was

loaded onto the column using a 100-mL injection loop. It is important to turn off the

UV-VIS detection system during this purification step as UV light readily photolyzes

the cMO hairpin. Fractions were collected every 15 s starting at the 16-min point in

the HPLC run, with cMOs typically eluting in 2–3 fractions. cMO-containing frac-

tions were identified by UV absorbance and buffered by addition of 40 mL of 1 M

NH4OAc (pH 5). After each fraction was confirmed to have a final pH of less than 7,
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they were combined and lyophilized to dryness. Failure to buffer these fractions

resulted in linker cleavage via base-catalyzed elimination of the triazole group.

Purified cMOswere redissolved in 500 mL of water and desalted using one illustra

NAPTM-5 column (GE Life Sciences 17-0853) according to the manufacturer’s

instructions. The columns were equilibrated with water prior to sample loading.

The cMO-containing eluent was lyophilized to dryness, dissolved in 50 mL of water,

and centrifuged (16,000 g, 2 min) to remove any particulates derived from size-

exclusion medium. The cMO was then precipitated with 400 mL of acetone, vor-

texed, and centrifuged (16,000 g, 20 min, 4 �C). The precipitated cMO usually

appeared as an oil in the microcentrifuge tubes that was difficult to see, and care

was taken to remove most of the acetone-containing supernatants without touching

the walls of the microcentrifuge tube. The cMO precipitate was then washed with

100 mL of CH3CN, briefly sonicated, and centrifuged (16,000 g, 5 min, 4 �C). The
CH3CN was aspirated and the off-white cMO pellet was lyophilized for 10 min to

remove trace solvent. The cMO pellet was then dissolved in 100 mL of water, heated

at 100 �C for 30 s to dissociate aggregates, cooled to room temperature, and cMO

concentration was determined by the 265-nm absorbance of an aliquot dissolved in

0.1 M HCl. This purification typically yielded 5–10 nmol of pure cMO. The cMO

solution should be centrifuged again (16,000 g, 20 min) at room temperature to

pellet insoluble particulates that can clog microinjection needles. Supernatant con-

taining cMO was then transferred into an O-ring-capped 1.5 mL microcentrifuge

tube, reduced in volume to 20 mL to facilitate the preparation of injection solutions,

and stored in the dark at �20 �C. Brief exposures of the cMO solution to ambient

light did not cause detectable photolysis of the cMO linker.

Prior to its use in vivo, cMO mass and purity should be confirmed by LC-MS and

ion-exchange HPLC. LC-MS was performed as described in Section C3. Ion-

exchange HPLC was performed using a DNAPacTM PA200 4 � 250 mm column

(Dionex 063000) using a gradient of 7–50% solvent B in 27 min with a flow rate of

1.2 mL/min, using the two-solvent system described in Section C5. At least 0.3 nmol

of cMO should be used for HPLC analysis, and a greater than 98% purity should be

observed (Fig. 2C).
III. Synthesis of cFD
Since cFD is no longer commercially available, we prepared this reagent using

carboxymethylnitrobenzyl (CMNB)-caged fluorescein NHS ester (Invitrogen

C20050, Invitrogen is headquartered in Carlsbad, CA) and 10-kDa aminodextran

(Invitrogen D1860) (Scheme 3). Approximately 3.5–5 mg of the aminodextran dis-

solved in 500 mL 0.1 M Na2B4O7 buffer (pH 8.5) was added to 1 mg of caged

fluorescein in its Invitrogen-supplied, tinted microcentrifuge tube, and the reaction

mixture was vortexed overnight. The resulting cFD was separated from unreacted

caged fluorescein using a Zeba Desalt spin column (Pierce 89889) according to the

manufacturer’s instructions. The yellow-colored eluent was lyophilized to dryness,
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Scheme 3 cFD synthesis. cFD was obtained in 68% yield after purification, with an average loading

of 2.5 caged fluorescein molecules per 1 molecule of amminodextran.
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weighed, dissolved in water to make a 1% (w/v) stock solution, and stored at�20 �C
in 2-mL aliquots to avoid detrimental freeze-thaws. Spectroscopic analysis indicated

an average loading of 2.5 caged fluorescein molecules per 1 molecule of dextran. The

1% cFD solution was typically diluted 10–20-fold for microinjection into zebrafish

embryos.
IV. Microinjection of Caged Reagents
Injection solutions of caged reagents were prepared in Milli-Q water containing

0.1% phenol red and 100 mM KCl. cMO microinjection solutions (with or without

cFD) were heated to 100 �C for 15 s to dissociate MO aggregates and centrifuged

(16,000 g, 2 min, 4 �C). As with conventional MOs, cMOs and cFD were micro-

injected either into the animal cell or the yolk prior to eight-cell stage using previ-

ously described procedures (Ekker, 2004).

Accurate microinjection dosing is essential for the successful use of cMOs, as

over-dosing will recapitulate weak morphant phenotypes from hybridization

between the cMO hairpin and RNA. Therefore, O-ring cappedmicrocentrifuge tubes

should always be used for handling injection solutions to avoid changes in concen-

tration due to evaporation. The microinjection volume should also be calibrated to

deliver accurate cMO doses. We recommend quantifying injection volume by the

mineral oil droplet method (N€usslein-Volhard and Dahm, 2002). In this procedure,

mineral oil is placed in a glass depression slide and droplets of reagent-containing

injection solution are microinjected into the oil. A stereoscope equipped with a

micrometer is then used to measure the diameter of each spherical droplet, allowing

the injection volume to be calculated. We have not observed photolysis of cMOs or

cFD from the incandescent light source on the microinjection stereoscope, though

uncaging can occur with more sensitive photocleavable groups, such as the BHQ

chromophore in our two-photon-compatible cMOs. To minimize compound photol-

ysis during the microinjection procedure, the stereoscope stage can be covered with

UV light-absorbing plastic, such as the 3MTM Sun Control window film.
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V. Global Photoactivation of Caged Reagents

A. Embryo Mounting and Irradiation
Appropriate UV irradiation protocols are critical for reproducible photoactivation

of caged reagents. The light source must emit photons of the correct wavelength to

drive the photochemical reaction over the threshold activation energy. Light must

also have sufficient irradiance (intensity) to attain a high probability of collision

between photons and all photo-reactive molecules, thereby completing the photo-

chemical reaction within seconds while minimizing UV damage. To achieve these

conditions, we typically performed global irradiations on a Leica DM4500B upright

compound epifluorescent microscope equipped with an HBO 100 Wmercury short-

arc lamp, an A4 filter cube (360 � 40 nm; Leica 11513874) and a 20� water-

immersion objective (0.5 numerical aperture (NA); Leica 506147). We have found

that irradiation with a fluorescent stereoscope (such as the Leica MZFLIII or

M205FA) or a handheld UV lamp does not provide enough light intensity for

efficient photoactivation. Uniform global photoactivation of caged molecules is also

difficult to achieve on a confocal microscope due to the limited depth of field and

short dwell time as the laser beam scans across the sample.

We have also observed that embryo placement and orientation significantly influ-

ences uncaging efficiencies. To facilitate zebrafish embryo irradiation, we typically

immobilized chorionated embryos in agarose microinjection templates, orienting

them on a stereoscope so that the animal cells face upward. The embryos were then

irradiated one at a time on the Leica DM4500B microscope (Fig. 3A). We used

microinjection templates with individual, evenly spaced wells as opposed to troughs,

leaving an empty well between embryos to avoid inadvertent exposure to scattered

UV light. When globally irradiating blastula-stage embryos, some rotated out of the

desired animal pole orientation and had to be re-oriented on the stereoscope.
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Fig. 3 Global irradiation of zebrafish embryos. (A) Whole-embryo irradiation of zebrafish

mounted in an agarose template using a Leica DM4500B upright fluorescence microscope equipped

with a 20�/0.5 NA water-immersion objective. (B) An embryo injected with mRNA encoding the

photoconvertible protein Kaede and globally irradiated from the animal pole for 10 s at 7 hpf.

Fluorescence imaging revealed more Kaede photoconversion at the animal pole then at the margin.

(C) The same embryo globally irradiated laterally, as mounted in (B), for an additional 10 s, resulting

in even distribution of photoconverted Kaede protein. Scale bar: 200 mm. (See color plate.)



164 Ilya A. Shestopalov and James K. Chen
Irradiating mis-oriented embryos may result in the bottom-most cells (those furthest

away from the light beam) receiving lower levels of UV light due to shielding by the

overlying cells. This effect was observed in embryos microinjected with mRNA

encoding the Kaede protein, which undergoes a green-to-red fluorescence photo-

conversion upon exposure to 360-nm light (Ando et al., 2002). When such embryos

were irradiated from the anterior at 7 hpf, the cells below the ‘‘equator’’ plane of the

embryo had less photo-converted Kaede protein than cells above the equator

(Fig. 3B). However, when the same embryo was further irradiated laterally, red

photoconverted Kaede protein was present evenly throughout the embryo

(Fig. 3C). Uniform irradiation is therefore paramount to achieving consistent global

photoactivation.
B. Optimization of UV Light Duration Using cFD
Since the CMNB caging group in cFD is chemically similar to the DMNBmoiety

in the cMO linker (Goeldner and Givens, 2005; Kobayashi et al., 2007), cFD can be

used to estimate the irradiation duration that most efficiently photoconverts the cMO

on a epifluorescence microscope system equipped with a specific set of illumination

systems, optical filters, and objectives. In such experiments, cFD-microinjected

embryos were globally irradiated at approximately 2 hpf as described above. UV

light intensity was kept at 100% while irradiation duration was incrementally

increased until maximum fluorescence intensity is achieved (all fluorescein was

uncaged). With our 20�/0.5 NA water-immersion objective, fluorescein signal

intensity reached saturation after a 10-s irradiation. Experimental parameters for

other objectives can be estimated using the following equation describing the rela-

tionship between uncaging rate, NA, and magnification (M) (Eq. 2):

Uncaging rateaNA2M2 ð2Þ
Therefore a 20� lens with a lower NA (such as 0.40) produces UV light with 36%

less intensity and disproportionally longer exposures may be required, possibly up to

20 s. Higher magnification objectives can enable shorter exposure times, but the

irradiated regions will be smaller in area. The calibration of UV irradiation duration

should therefore be performed with each epifluorescence microscope prior to its use

for cMO uncaging. Typical irradiation durations are in the 10–30 s range when the

microscope is capable of producing UV light with sufficient intensity to readily

uncage cFD and cMO reagents.
C. Minimization of UV Phototoxicity
UV light can be damaging to zebrafish embryos, especially during blastula stages.

Once the sufficient UV light exposure for cFD photoactivation was determined (10 s

with our microscope system), embryos microinjected with cFD were globally irra-

diated as above at 2.5 hpf and raised to 1 day post fertilization (dpf). This dose of UV

light was adequately tolerated as 67% of the embryos appeared to develop normally
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Fig. 4 UV light-induced toxicity in zebrafish embryos. Representative micrographs of embryos

microinjected with 2 nL of a 0.05% cFD solution and irradiated for 0 (A), 10 (B), 15 (C), and 20 (D) s at

2.5 hpf. Embryos in (C) and (D) have morphological defects resulting from UV light damage. Scale bar:

200 mm. (E) Levels of embryonic toxicity and lethality by 1 dpf associated with different durations of UV

irradiation at 2.5 hpf. (F) Levels of embryonic toxicity and lethality by 1 dpf associated with global, 20-s

UV irradiation. Wild-type and gastrula-stage, cFD-injected embryos were less susceptible to UV light

damage than blastula-stage, cFD-injected embryos. (See color plate.)
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(Fig. 4A–B, E). However, embryos globally irradiated for 15 s or longer at 2.5 hpf

had increasingly more gastrulation delays, necrotic tissues, and death by 1 dpf,

indicating potential phototoxicity (Fig. 4C–E). In contrast, irradiation of wild-type

embryos at 2.5 hpf or cFD-injected embryos at 4 hpf for 20 s did not produce any

noticeable toxicity (Fig. 4F). It is therefore preferable to perform global irradiations

at the gastrula stage or later as blastula-stage embryos are more susceptible to UV

damage. Irradiation procedures that minimize phototoxicity should therefore be

established empirically on each individual microscope system prior to using caged

reagents for biological studies. These assessments should also be conducted with

embryos microinjected with cFD and/or cMO, as the uncaging reaction itself can be

associated with some cytotoxicity (Fig. 4F).
VI. Titration of cMO Dose for Optimum Dynamic Range
Since accurate reagent dosing is essential for cMO efficacy, it is important to

perform a careful titration with the 25-base targeting MO to find the minimum

effective dose. For example, in preparation for our studies with a ntla cMO, we

systematically assess the embryonic phenotypes associated with different doses of
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the conventional ntlaMO. Embryos lacking the ntla T-box transcription factor fail to

form the notochord, are posteriorly truncated, and exhibit U-shaped rather than

V-shaped somites (Halpern et al., 1993; Schulte-Merker et al., 1994). Mutants and

morphants lacking ntla function also exhibit ectopic medial floor plate, a ventral

region of the developing spinal cord, and it is believed that ntla acts as a transcrip-

tional switch between notochord and medial floor plate cell fates (Amacher et al.,

2002; Halpern et al., 1997). Phenotypes resulting from loss of ntla function can be

categorized into four classes according to their severity: class I = a fully penetrant

ntlamutant phenotype characterized by no notochord, U-shaped somites, and a lack

of posterior structures; class II = no notochord, U-shaped somites, and some poste-

rior somites; class III = incompletely vacuolated notochord, V-shaped somites, and a

shortened anterior–posterior axis; and class IV = wild-type phenotype (Ouyang et al.,

2009). These phenotypes can be recapitulated by microinjecting varying doses of the

conventional ntla MO (GACTTGAGGCAGACATATTTCCGAT), and class I phe-

notype was found to require a minimum dose of 115 fmol/embryo (Fig. 5).The

minimum dose of the ntla MO that produced class I phenotype (115 fmol/embryo)

served as a starting point for titration of the ntla cMO. Following microinjection of
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Fig. 5 Classification ofntla morphant phenotypes. (A) Morphology of phenotype classes I–IV at

1 dpf. Somitic (s), medial floor plate (mfp), notochord (nc), and yolk extension (ye) tissues are labeled.

Scale bars: top panels, 200 mm; bottom panels, 50 mm. 115 fmol is equal to 1 ng of ntla MO. (B)

Phenotypic distribution associated with different embryonic doses of the ntla MO. (C) Immunoblots

showing Ntla protein levels in 10-hpf zebrafish embryos microinjected at the one-cell stage with various

doses of the ntla MO. b-Actin levels are shown as a loading control. Adapted with permission

(Ouyang et al., 2009; Copyright 2009, American Chemical Society). (See color plate.)
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Fig. 6 Dose-dependent activity of the ntla cMO. Global irradiations were performed at 2.5 hpf and

phenotypes were scored at 1 dpf according to the phenotype classes described in Fig. 5.
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the ntla cMO, half of the embryos were globally irradiated for 10 s at 2 hpf as

described in Section 5. At 1 dpf, the irradiated embryos had a mixture of class I

and class II ntla phenotypes, whereas the unirradiated embryos appeared wildtype

(class IV) (Fig. 6). The lack of fully restored MO activity upon uncaging was not

surprising, as photochemical reactions do not typically go to completion due to

competing, inactivating side reactions. When the ntla cMO dose was increased to

230 fmol/embryo, the desired activity profile was achieved, with global irradiation

producing predominately class I embryos (Fig. 6). Higher doses of ntla cMO resulted

in appearance of class III phenotypes in unirradiated embryos (Fig. 6). The

230 fmol/embryo dose was therefore used along with a 10-s irradiation protocol

for all subsequent studies.
VII. Localized Photoactivation of Caged Reagents

A. Spatially Restricted UV Illumination Using a Photomask
Localized photoactivation can be performed on a compound epifluorescence

microscope by reducing the size of the illumination field diaphragm. For example,

our Leica DM4500B equipped with a 20� 0.5 NA water-immersion objective

described in Section 5A can illuminate regions as small as a 100 mm-diameter circle

or a 200� 300 mm rectangle using its adjustable diaphragm. The spatial limits of this

irradiation can also be visually confirmed using either cFD or the photoconvertible

protein Kaede (Fig. 7A–B). Irradiation of smaller features or more complex patterns

can be achieved using higher magnification objectives and/or micromirror array

systems such as the Mosaic Digital Illumination System (Photonic Instruments).

Precise irradiation targeting is a prerequisite for reproducible photoactivation

experiments, requiring methods for efficiently immobilizing of live embryos and

targeting specific morphological features with UV light. To mount and orient gas-

trulation-stage zebrafish we used the same agarose microinjection template as that

described in Section 5 for our global irradiation studies and kept the embryos in their

chorions. Segmentation-stage embryos were dechorinated and placed in agarose

templates cast with 0.018 inch-wide channels, whereas pharyngula-stage larva were
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Fig. 7 Localized irradiation of zebrafish embryos. (A) Embryos injected with 2 nL of a 0.05% cFD

solution were irradiatedwithin the shield at 6 hpf for 10 s using a circular photomask (100-mmdiameter). As

expected, a circular region of green fluorescence was immediately apparent in the targeted region. (B)

Embryos injected with 50 pg of Kaede mRNA and irradiated laterally at 6 hpf for 10 s using a rectangular

photomask (200 � 300 mm). A rectangular region of red fluorescence was immediately observed in the

targeted region. (C) Brightfield micrograph of a 10-hpf embryo undergoing UV irradiation through a

circular, 100-mm-diameter photomask positioned 100 mm above the posterior end of the chordamesoderm.

Grid overlays usingMetamorph1 software are not shown. (D) Embryos injectedwith 50 pg ofKaedemRNA

and locally irradiated as in (C). A red fluorescent region of notochord and floor plate cells centered around

the 12th somitewas visible at 1 dpf. (E) Heatmap demonstrating the precisionwithwhich zebrafish embryos

can be locally irradiated as described in (C). The average location of red fluorescent notochord cells along the

anterior–posterior axis resulting from the targeted irradiation of 10-hpf embryos is shown (n = 18 embryos).

(F) Fluorescence micrograph of a 10-hpf embryo injected with cFD irradiate as described in (C), immedi-

ately fixed with paraformaldehyde, and immunostained with anti-Ntla and anti-fluorescein antibodies. A

circular region of uncaged fluorescein was detected within the Ntla-expressing chordamesoderm, 100 mm
anterior to the tailbud. Scale bars: A and C, 50 mm; B, 100 mm; D, 200 mm; F, 100 mm. (See color plate.)
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immobilized in MegaMounts (https://wiki.med.harvard.edu/SysBio/Megason/

MegaMounts) and treated with tricaine. Irradiating specific tissues in a consistent

manner was then achieved by using the combined brightfield and fluorescence

illumination mode on the Leica DM4500B microscope. For example, to irradiate

a 100 mm-diameter circular region within the chordamesoderm in 10 hpf embryos, a

50 � 50 mm grid was digitally overlayed onto the live preview window using

MetaMorph1 software, grid lines were aligned to the center of the fluorescent mask,

and immobilized embryos oriented using the grid lines to enable irradiation of the

chordamesoderm lying 100 mm from the posterior boundary (Fig. 7C). When 18

Kaede-expressing embryos were irradiated in this manner, by 1 dpf they displayed a

region of red-fluorescent notochord cells tightly clustered within the same position

along the anterior–posterior axis (Fig. 7D–E).
B. Determination of Protein Levels in Targeted Tissues
Since cMOs inhibit the splicing or translation of their targeted RNAs, the rate by

which the encoded protein is degraded will determine the time point when gene

https://wiki.med.harvard.edu/SysBio/Megason/MegaMounts
https://wiki.med.harvard.edu/SysBio/Megason/MegaMounts
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function is actually lost after cMO photoactivation. For this reason, accurately

interpreting cMO-induced phenotypes requires an assessment of protein levels for

the targeted gene in the irradiated cells. This can be accomplished by immuno-

detection technologies, using antibodies that recognize the protein of interest and

an anti-fluorescein antibody (Roche Applied Science, Indianapolis, IN 1426320)

that specifically binds to uncaged cFD. For example, when embryos microinjected

with cFD and irradiated as described in Section 7A were immediately fixed and

immunostained, a 100 mm-diameter circular staining pattern was apparent, mark-

ing an irradiated region within the Ntla-expressing chordamesoderm (Fig. 7F).

The immunostaining procedure used an anti-Ntla polyclonal antibody (1:1000 dilu-

tion) (Schulte-Merker et al., 1994) and a monoclonal anti-fluorescein antibody

(1:200 dilution), as well as their corresponding secondary antibodies (anti-rabbit

Alexa-Fluor 594 and anti-mouse Alexa-Fluor 488, each at a 1:200 dilution) accord-

ing to standard whole-mount immunostaining protocols (N€usslein-Volhard and

Dahm, 2002). Identical irradiations were performed on embryos co-injected with

the ntla cMO and cFD, followed by fixation and immunostaining at various time

points. These collective experiments revealed the time frame in which Ntla levels are

significantly diminished in the irradiated cells, allowing phenotypes associated with

ntla cMO activation to be linked to loss of Ntla function.
VIII. Conclusion
The protocols for cMO design, synthesis, and application described in this chap-

ter are intended to facilitate the use of these reverse-genetic tools in zebrafish and

other organisms. The cMO technology is broadly applicable to the embryonic

transcriptome, as illustrated by our development of cMOs targeting several pattern-

ing genes. In addition, the methods employed for global or spatially restricted cMO

photoactivation could be generally applied to emerging optogenetic systems.

While cMOs exemplify the potential of synthetic reagents for in vivo studies, it is

worth discussing some of the challenges that remain in the implementation of this

technology. These include both practical and experimental limitations. For example,

although the synthetic and purification procedures for cMO preparation are rela-

tively straightforward and robust, they involve techniques and equipment that are not

common in most biological laboratories. Further simplification of cMO design,

synthesis, and purification procedures—or perhaps more ideally, commercialization

of the cMO technology—would help promote the use of these reagents by the

developmental biology community.

We have also experienced difficulty in caging certain MOs. In some cases this

appears to be due to cytotoxicity associated with the cMO oligonucleotide, which is

typically 10–13 bases longer than conventional MOs. For instance, we previously

attempted to generate a spt cMO, using a 25-base targeting MO that exhibited a

narrow range of effective doses; partial spt mutant phenotypes were obtained at

a dose of 3 ng/embryo and embryonic toxicity was observed at higher MO
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concentrations (Ouyang et al., 2009). Tethering the inhibitory oligomer to the spt

MO increased rather than mitigated reagent toxicity, and photoactivation of the spt

cMO did not fully recapitulate the developmental defects induced by the conven-

tional MO. Consistent with these results, quantitative models of cMO activity

suggest that as the MO dose required for gene silencing increases, the functionally

equivalent dose of photoactivated cMO rises disproportionately, as the inhibitory

MO released by cMO photolysis can begin to interfere with RNA hybridization by

the targeting MO (Ouyang et al., 2009). The greater potential for off-target effects

associated with cMO hairpins may also limit their utility in studying larval gene

function, since relatively large amounts of MO are frequently microinjected in these

experiments to compensate for reagent dilution during later developmental stages.

MOs that potentiate UV light-induced toxicity are also not amenable to our caging

strategy, as demonstrated by our attempts to generate a cMO against notch1a (I. A.

Shestopalov and J. K. Chen, unpublished observations). When we injected the

notch1a cMO and globally irradiated the embryos at 2.5 hpf, we observed severe

UV-dependent defects during blastula formation and gastrulation that were not

found in conventional notch1a morphants. Interestingly, morphologically identical

defects occurred in embryos injected with the conventional notch1a MO and glob-

ally irradiated at 2.5 hpf, indicating that the targeting MO itself can increase embry-

onic sensitivity to UV light damage.

New strategies for cMO design and synthesis could help overcome these chal-

lenges. Approaches that minimize the cMOs cytotoxicity and the potential for UV

light damage would be important advances. In principle, this could be achieved by

minimizing or eliminating the inhibitoryMO portion of these reagents, replacing the

nitrobenzyl-based photocleavable group with chromophores that undergo photo-

chemical reactions with lower doses of UV light or at less damaging wavelength,

devisingmethods that obviate the need to utilize cMOs at doses two-fold greater than

that of targeting MO, and/or utilizing new oligonucleotide scaffolds as a less toxic

substitute for MOs (Shestopalov and Chen, 2010). The utility of cMOs as functional

genomic probes would also benefit from the development of new uncaging technol-

ogies. For example, enzymatically triggered cMOs could be used in combination

with transgenic organisms to allowMO activation with a spatial precision and three-

dimensional complexity that would be difficult to achieve with photomasks or even

micromirror array-based illumination. Reversible control of MO function would

similarly enable gene silencing with greater temporal dexterity, facilitating studies

of how genes dynamically regulate embryonic patterning.

Achieving these advances will require a collaborative effort by chemists and

developmental biologists, as well as scientists trained in both disciplines. Given

the amenability of zebrafish to optical technologies, transgenesis, and chemical

perturbations and the burgeoning use of molecular probes in zebrafish studies, we

anticipate that the zebrafish community will play a leading role in these scientific

explorations. Just as synthetic reagents such as MOs have transformed howwe study

zebrafish biology, zebrafish biology can inspire new ways in which chemistry can

provide insights into biological processes.
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Abstract
Spatio-temporal transgene regulation by transgenic DNA recombinases is a cen-

tral tool for genetic research in multicellular organisms, with excellent applications

for misexpression and lineage tracing experiments. Cre recombinase-controlled lox

site recombination is a cornerstone of contemporary mouse genetics, and Cre/lox

techniques therefore attract increasing interest in the zebrafish field. Tol2-mediated

zebrafish transgenesis now provides a stable platform for lox cassette transgenes,

while the ease of drug treatments in zebrafishmakes themodel an ideal candidate for

Tamoxifen/4-hydroxytamoxifen-inducible CreERT2 experiments. In this chapter, we

will first introduce the basics of Cre/lox methodology, CreERT2 regulation by

Tamoxifen/4-hydroxytamoxifen, as well as the benefits of Tol2 transgenesis for

Cre/lox experiments. We will then in detail outline practical experimental steps

for Tol2 transgenesis toward the creation of single-insertion transgenes. Lastly, we

will introduce protocols for 4-hydroxytamoxifen-mediated CreERT2 induction to

perform spatio-temporal lox transgene regulation experiments in zebrafish embryos.
I. Introduction

A. Transgenesis
A transgene is an experimentally constructed piece of DNA that has integrated

into the genome of a recipient organism. Once integrated into germ cells, subsequent

generations inherit the transgene, referred to as stable transgene transmission.

Engineered transgenes allow testing of molecular mechanisms, such as the function

of a specific RNAor protein, by expressing a desired gene at different developmental

times and in different cell types. Transgenes can further express an experimentally

detectable marker in particular cell types or cellular structures for detailed, high-

resolution observations.

Experimentally controlling spatio-temporal transgene expression by regulated

DNA recombination has become a central method in model organism research.

In the simplest case, a transgenic DNA recombinase enzyme 1) recognizes two

genomic DNA target sequences in cis or in trans, and 2) recombines the target

DNA sequences, resulting in a recombined DNA product based on the initial relative

orientation of the target sequences. When acting in cis, the recombinase removes or

inverts a piece of transgenic DNA flanked by target sequences, consequently elim-

inating or functionally reconstituting (‘‘switching’’) an engineered transgene. In

mice and Drosophila, cassette excision is a classic application wherein a
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recombinase excises a target sequence-flanked transgene cassette. Recently, also the

zebrafish field has ventured into this territory.
B. The Cre/lox System, Inducible CreERT2, and Their Utility in Zebrafish
In vertebrate molecular genetics, the current workhorse is the bacteriophage P1-

derived cyclic recombinase Cre, which catalyzes the site-specific recombination

between 34 base pair (bp) inverted repeat lox sites (from locus of X-ing over)

(Sauer, 1987; Sauer and Henderson, 1988) without additional co-factors. Cre-medi-

ated recombination of two lox sites with opposite orientation inverts the intervening

DNA cassette, while two lox sites in direct orientation cause circularization, excision,

and subsequent loss of the cassette, leaving one functional lox site at the transgenic

locus. Several variations of lox sites have been created by mutagenesis (such as loxP,

lox2272, and loxN) (Livet et al., 2007) that can be used together in the same transgene

to create mutually exclusive, predictable cassette recombination patterns.

Cre/lox recombination finds widespread application in genetic two-component

transgene systems (Fig. 1): in the default state, a transgene containing a promoter

drives expression of a gene cassette flanked by lox sites. Cre expressed from

an independent transgene excises the lox cassette and terminates its expression.
[(Fig._1)TD$FIG]

Fig. 1 Schematics of Cre/lox experiment using transgenes (also compare to Fig. 2). The Cre driver

is a transgene expressing the Cre-encoding ORF from a specific genetic control element (promoter/

enhancer A). The lox switch expresses an ORF framed by lox recombination sites (34 bp), or a transcrip-

tional stop cassette, from promoter/enhancer B in the default state. Cre recombinase can recombine the lox

sites in cells where the promoter/enhancer A is active and results in the excision of the lox cassette, leaving

a single lox site in place. Promoter/enhancer B now expresses the cargo ORF once active.
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A lox-flanked Stop cassette can also be followed directly by a second gene of

interest, referred to as cargo. Cre-mediated lox site recombination excises the

cassette and brings the cargo gene under direct control of the promoter, thus switch-

ing expression from the cassette template or a stopped condition to cargo transcrip-

tion (Fig. 1). Suchmodular transgenes, whichwe refer to as lox switch constructs, are

today’s gold standard for lineage tracing as well as conditional loss- and gain-of-

function experiments in mice (Bailey et al., 2009; Sauer, 1998).

In contrast to classic transgenic reporters, a lox switch controlled by an enhancer/

promoter distinct from that driving Cre expression uncouples reporter labeling from

the cell type-specific promoter activity of the Cre driver. The most universally appli-

cable lox switches are controlled by ubiquitous promoters and can be flexibly crossed

to tissue-specific Cre drivers, while the promoter driving the Cre transgene dictates

spatio-temporal recombinase activity and thus onset of lox switch cargo expression.

The first attempts at controllable Cre transgene activity in zebrafish used the heat-

shock inducible promoter of the hsp70 gene (hsp70:cre) (Le et al., 2007; Thummel

et al., 2005) Other pioneering efforts employed rag2 or b-actin promoter-controlled

loxP cassettes followed by c-MYC or kRASV12 oncogene cargo; switching to cargo

expression by injection Cre-encoding mRNA into transgenic embryos or by heat-

induced expression of an hsp70:cre driver transgene gave rise to inducible models of

tumorigenesis in zebrafish (Feng et al., 2007; Langenau et al., 2005; Le et al., 2007).

However, hsp70 promoter-driven transgenes are problematic because they are

‘‘leaky’’ and may constitutively express at low levels (presumably due to hsp70

sensitivity to various stresses and transgene locus-dependent effects). Furthermore,

hsp70 transgenes express during oogenesis, and hsp70:cre features maternally con-

tributed constitutive Cre activity in the embryo (Hans et al., 2009, 2010). Tightly

regulated temporal post-translational control of Cre activity has been elegantly

achieved by fusing Cre with the modular ligand-sensing domain of the Estrogen

Receptor (ER) (Feil et al., 1996). Heat-shock protein 90 (Hsp90) binds incompletely

folded ER and traps the receptor in the cytoplasm. Binding of estrogen or structurally

related steroids induces a conformational change in the ligand-binding domain of ER,

which subsequently shedsHsp90 and translocates to the nucleus. By thismechanism, a

CreER fusion protein is constitutively sequestered in the cytoplasm and cannot reach

nuclear lox sites until it binds estrogen. High expression of the CreER protein can,

however, overwhelm endogenous Hsp90 levels and cause ‘‘leaky’’ lox cassette recom-

bination by nuclear translocation of escaped CreER (see also below).

To circumvent potential CreER activation by endogenous estrogen, mutant ver-

sions of the ER domain have been developed that have high affinity for estrogen

derivatives not found in metazoans. The most commonly used version for spatio-

temporal lineage tracing experiments in transgenic mice is CreERT2, which is

insensitive to natural estrogen but strongly binds 4-hydroxytamoxifen (4-OHT)

(Feil et al., 1996, 1997). 4-OHT is a labile metabolite of the prodrug Tamoxifen

(TAM) with a 30–100-fold higher affinity for the ligand-binding ER domain than

unmodified TAM (Katzenellenbogen et al., 1984). CreERT2 transgenes have been

successfully established in zebrafish (Hans et al., 2009; Mosimann et al., 2011), and
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recently, cmlc2:creERT2 and gata4:creERT2 transgenic lines have been used for

lineage tracing during heart regeneration (Jopling et al., 2010; Kikuchi et al., 2010).

In mice, body size poses an obstacle to TAM prodrug administration; once

metabolized into 4-OHT after injection or feeding, the unstable compound enters

CreERT2-expressing tissues with metabolism- and tissue-dependent variation in

concentration and distribution, which causes variation in lox recombination effi-

ciency and lag time after induction. Furthermore, 4-OHT in the induced mouse

cannot be removed post-induction. In contrast, zebrafish embryos are small, allow

direct 4-OHT addition to the embryo medium, and rapidly take up the drug, which

translates into fast CreERT2 responses (Hans et al., 2009; Mosimann et al., 2011).

We have further observed that conformational induction of active CreERT2 by

4-OHT for 15 min, followed by wash out of free drug, triggers high lox recombina-

tion of a given transgene when performed in the first 24 hpf (Mosimann et al., 2011)

(see also below). This suggests that CreERT2 induction in zebrafish can be controlled

by discrete 4-OHT pulses, thus confining cell lineage labeling or genemisexpression

to restricted developmental time windows.
C. Cre/lox and Tol2 Zebrafish Transgenesis: Current Status
The growing collection of characterized enhancer/promoter elements in zebrafish

provides a promising basis for Cre/lox transgenes. The zebrafish appears to be well-

suited for CreERT2 applications, yet limitations in transgenesis technology restricted

the efficient creation of the necessary transgenic lines until recently. The first efforts

to establish Cre/lox transgenes relied on rare integration of concatemers of linearized

plasmid DNA (Iyengar et al., 1996; Stuart et al., 1988). Concatemeric insertions

result in tandem repeats of lox cassette transgenes. As Cre can act on any two lox sites

in the multi-copy concatemer, individual embryonic cells may retain different copy

numbers of the recombined transgene or experience unproductive recombination.

Thus, it is not surprising that reported recombination efficiencieswere low (Feng et al.,

2007;Hans et al., 2009;Le et al., 2007). Furthermore, high-copy number concatemeric

transgenes are prone to silencing and to DNA repair-mediated recombination, leading

to variable transgene expression or loss over successive generations.

Single-insertion transgenesis via Tol2 transposons resolves these issues (Hans

et al., 2009; Kawakami, 2005, 2007), and has fueled a notable increase in Cre/lox

applications in zebrafish. The major remaining obstacles to widespread application

in zebrafish are the small numbers of established tissue-specific Cre or CreERT2

lines and reliable lox reporter transgenes. Both components are required for syner-

gistic development of the technology. Screening for effective lox switch insertions

requires a collection of characterized Cre transgenes, while a strong, ubiquitously

expressed and universally applicable lox switch facilitates screening for novel func-

tional Cre/CreERT2 transgenics.

Several reports have described lox switch lines with Xef1a or b-actin promoter-

controlled lox cassettes containing fluorescent protein cargo genes (Bertrand and

Traver, 2009; Boniface et al., 2009; Hans et al., 2009, 2010; Langenau et al., 2005;
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Yoshikawa et al., 2008). These promoters, however, do not drive ubiquitous trans-

gene expression in embryonic or adult tissues, in contrast to Rosa26 transgenes in

mice (Soriano, 1999; Zambrowicz et al., 1997). We recently isolated the ubiquitin

(ubi) promoter, which is highly active at all stages of zebrafish development and in

adulthood, and used it to create the Cre-sensitive ubi:loxP-EGFP-loxP_mCherry

(ubi:Switch) transgene (Mosimann et al., 2011). Besides serving as a sensitive

lineage tracing tool, ubi:Switch facilitates screening of new tissue-specific

CreERT2 drivers and assessment of their temporal 4-OHT responsiveness. This

transgene also reveals leaky recombination activity due to excessively high

CreERT2 expression. We further engineered ubi:creERT2 as a zebrafish line for

ubiquitous expression of 4-OHT-inducible CreERT2 to simplify screening for func-

tional lox switch transgenes (Mosimann et al., 2011).

The demand for Cre/lox transgenic technology applicable to the zebrafish is high,

yet efficient protocols and flexible transgenic lines remain to be established. Below,

we will discuss key points concerning transgenesis, such as basic transgene design,

Tol2 transposon handling, and post-injection genetics for creation of high-quality

single-insertion transgenic lines. Subsequently, we will consider principles and

protocols for Cre/lox experimentation in zebrafish including CreERT2 induction

by 4-OHT and the application of transgenic lines for lineage tracing and general

transgene manipulation.
II. Transgene Design, Cloning, and Tol2 Transgenesis

A. Basic Principles of Transgene Design
Key to successful Cre/lox experimentation is efficient gene expression from the

involved transgenes. Transcription of mRNA from a transgene is a multi-step pro-

cess including many co- and post-transcriptional processes such as 50-capping,
intron excision, and 30-polyadenylation. Because gene knock-in technology by

homologous recombination is currently lacking in zebrafish, transgene expression

requires incorporation of an enhancer/promoter element. Here, we consider the basic

principles of eukaryotic RNA pol-II-based gene expression and their systematic

implementation to create effective transgenes.

Theminimal features of a protein-coding, mRNA-expressing transgene are (Fig. 2):
a)
 an enhancer or promoter element that contains a minimal promoter with tran-

scription start site.
b)
 a 50-untranslated region (50-UTR) with a variant of the optimal Kozak consensus

sequence 50-cgccRccATGG-30, in which the key residue is a purine (abbreviated
R) three bases upstream (position -3) of the protein’s start codon (underlined)

(Kozak, 1987, 1991). The Kozak sequence is recognized by the ribosome to

initiate efficient translation at the start codon of the encoded protein. In practical

terms, the 50 UTR sequence is often defined by the used promoter, which dictates

the transcription start site and 50 sequence of the resulting mRNA. 50-UTRs have
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Fig. 2 Overviewof individual components required for efficient expression of a transgene ORF from a

given promoter/enhancer. See text for details, and compare to Fig. 1.
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a profound effect on mRNA stability and translation efficiency. Unfortunately,

we know little regarding zebrafish-specific requirements (if any) for effective

50-UTRs.
Kozak sequences showmany gene-specific variations, which reflects both the

recognition tolerance of the ribosome and gene-specific regulatory features that

modulate translation efficiency. Experience has shown that experimental trans-

genes using the 50-cgccaccATG-30 consensus or even 50-caccATG-30 (when using
pENTR/Dmiddle entry clones for the Gateway System, see below) are efficiently

translated in zebrafish. 50-UTRs with in-frame and out-of-frame ATGs upstream

of themain ATGmay severely impair efficient translation of the desired transgene

cargo protein (Kozak, 1996) and should be avoided when designing transgene

control elements.
c)
 a protein-coding open reading frame (ORF), starting with an ATG in a Kozak

consensus and ending in a stop codon (TAG, TAA, TGA).
d)
 a 30-UTR with a polyadenylation signal sequence (50-AAUAAA-30). As for

50-UTRs, little information is available on transgene-tested 30-UTRs and their

impact on RNA stability or protein expression. The SV40 and Bovine Growth

Hormone (BGH) gene derived minimal 30-UTRs are used in the vast majority

of transgenes reported to date. Both are fairly short (�200 bp) and can be

included as a module after an ORF to ensure efficient polyadenylation. A less

elegant way to ‘‘ensure’’ polyadenylation is to include a stretch of A residues

after the ORF, but this approach sacrifices the benefits of natively processed

30-UTRs.
A transgene encoding a 50-UTR-Kozak-[ORF]-30-UTR-polyA cargo plus a suit-

able promoter therefore contains the minimal modules to drive protein production.

Transgenes intended to express microRNA loci or other non-coding RNAs require

different structural features, which are generally poorly defined. lox sites are small

(34 bp) and can be flexibly placed at any position of a transgene, most often flanking

the cargo ORF (Fig. 1).
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B. Multisite Gateway1 System for Transgene Assembly
Assembly of the modules required in a transgene is easily accomplished via con-

temporary recombinant DNA methods, in particular by using the Multisite

Gateway1in vitro recombination cloning system (Invitrogen Corp., Carlsbad, CA).

In this modular system, the proprietary LR clonase II Plus enzyme recombines 1) a 50

entry vector, 2) a middle entry vector, and 3) a 30 entry vector into 4) a backbone

plasmid using matching recombination sites engineered into the individual vectors.

Typically, the 50 entry vector contains a promoter/enhancer as transgene driver, the

middle entry vector provides a desiredORF, and the 30 entry vector contains aminimal

30-UTR with polyadenylation sequence. Any promoter can be linked with any ORF

once they have been integrated into Multisite Gateway1-compatible backbones.

The recent creation of the Tol2 kit and related zebrafish transgenesis vector

collections to create Tol2 transposon transgenes with Multisite Gateway1 (Kwan

et al., 2007; Villefranc et al., 2007) provides a stepping stone to contemporary

zebrafish transgene design. To create new Multisite Gateway1-compatible 50 and
middle entry vectors from gel-purified PCR products, we prefer to use the pENTR50

and pENTR/D TOPO cloning vectors (Invitrogen Corp., Carlsbad, CA)

(Mosimann et al., 2011). pENTR50 is a TOPO TA cloning vector and requires the

adenine (A)-overhangs on the 30 ends of PCR products as generated by Taq poly-

merase. To minimize PCR amplification errors, we routinely use the Taq-containing

Roche Expand Hi-Fidelity polymerase kit (Roche Applied Science, Indianapolis,

IN). pENTR/D is a directional TOPO vector for cloning blunt-ended PCR products

produced by hi-fidelity polymerases (PCR amplicons generated by Taq-supplemen-

ted polymerase can be cloned into the pENTR/D TOPO vector since some product

remains blunt-ended.) The pENTR/D TOPO reaction preferentially yields direction-

ally cloned inserts if the 50 PCRprimer contains the 50 overhang sequence 50-CACC-30.
As the majority of middle entry vectors are intended to deliver ORFs, the 50 CACC
overhang provides a minimal Kozak consensus when followed by the ORF’s ATG start

codon (as 50-CACCATGxxx-30). Prior to use, all recombinant vectors should be val-

idated by restriction digestion and sequencing of the entire insert.

The Tol2 kit and related plasmid collections provide backbones containing a Tol2

repeat-flanked Multisite Gateway1 cassette into which the entry vectors recombine

(Kwan et al., 2007; Villefranc et al., 2007). We keep our entry vectors and backbone

working stocks at 40 ng/mL and perform recombination reactions in 5 mL volumes

(50% of the volume recommended by the Gateway protocol) for 16 h in a thermo-

cycler set at 25 �C. Although Multisite Gateway1 is more expensive than restriction

enzyme cloning (clonase costs around US-$ 11 for half-reactions), the system

provides unparalleled speed and flexibility, including easy vector sharing.
C. Tol2 Transposon-mediated Transgenesis for Single Insertions
True single-insertion transgenesis in zebrafish, comparable to P-Element trans-

position in Drosophila, became possible when the Medaka-derived Tol2 transposon
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was engineered to carry transgene cargo (Kawakami, 2007; Kawakami et al., 2004).

The original autonomous Tol2 transposon contains a transposase gene and requires

flanking sequences (200 bp at the 50 end and 150 bp at the 30 end) for transposase
catalyzed genomic integration. The flanking sequences (called 50 and 30 Tol2 arms)

include 12 bp terminal inverted repeats and sub-terminal regions that are recognized

by the Tol2 transposase. In non-autonomous Tol2 transposon transgenes, the 50 and 30

Tol2 arms are joined to the transgene cargo in a plasmid vector backbone. For

transgenesis, one-cell stage zebrafish embryos are injected with a mix of Tol2

transposase-encoding mRNA and Tol2 transposon transgene vector. Tol2 transgene

cargo does not seem to be size-restricted; indeed, Tol2 transposons have successfully

integrated Bacterial Artificial Chromosome (BAC) transgenes in the 70 kb range

into the zebrafish genome (Suster et al., 2009). Data regarding genomic integration

locus preferences are however limited (Kondrychyn et al., 2009).

Tol2 transposons are further simple to handle and efficiently transmit through the

germline. We routinely observe Tol2 transposon germline transmission frequencies

of 20–100% of injected F0 animals, with 3–100% of F1 embryos per clutch positive

for the transgene, similar to the published range (Kawakami, 2007). Together, Tol2

transgenesis now provides unprecedented flexibility in zebrafish experimental

design. Tol2 transposons are therefore ideally suited for complex cargo transgenes,

such as intricate lox switch vectors.
D. Preparation of Tol2 mRNA and Transgene Plasmid DNA for Embryo Microinjection
Tol2 mRNA and the Tol2 transposon transgene vector can be generated and

purified using standard lab techniques and commercial kits. We emphasize that

optimal transgenesis is contingent on fastidious DNA preparation and quality. To

generate Tol2mRNA, we linearize the pCS3FA-transposase vector (Tol2kit plasmid

number 396) (Kwan et al., 2007) by digestion withNotI, purify the plasmid template

by agarose gel electrophoresis, and in vitro transcribe 50 capped mRNA using Sp6

polymerase (mMESSAGE mMACHINE kit, Applied Biosystems/Ambion, Austin,

TX). The resulting Tol2 mRNA contains the SV40 late polyA signal sequence to

mediate polyadenylation in the embryo upon injection. We store Tol2 mRNA at

�80 �C at 100 ng/mL in single-use aliquots of 2.5–3 mL. Our standard 10 mL injec-

tion mix contains 25 ng/mL transgene vector plus 25 ng/mL Tol2 mRNA, which

translates into 2.5 mL from the 100 ng/mL Tol2 mRNA stock.

Routine lab practice should include quality control of Tol2 mRNA and preparation

of new batches before working stocks are exhausted. Tol2 mRNA quality can be

reliably assessed by monitoring integration efficiency of an easily monitored trans-

gene, such as pDestTol2A2_ubi:EGFP (ubi:EGFP) (Mosimann et al., 2011), over

time. When co-injected with functional 25 ng/mL Tol2 mRNA, ubi:EGFP yields

extensive mosaic expression of EGFP which is still detectable 3–4 weeks post injec-

tion, with a high probability for germline transmission of ubi:EGFP. In comparison,

injection of 25 ng/mL ubi:EGFP plasmid DNA alone leads to a markedly weaker

EGFP mosaicism and the fluorescence fades over the course of a few weeks, as the
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vector rarely integrates into the genome and the plasmid is degraded. Observation of

adult EGFP expression is facilitated by UV headsets (‘‘goggles’’) that allow non-

intrusive fluorescence observation (Mosimann et al., 2011), especially if working in

the transparent casper background. To avoid inefficient transgenesis rates,Tol2mRNA

batches that do not result in extensive EGFP mosaicism over several weeks should be

discarded.

The purity of the Tol2 transposon transgene DNA is critical to successful trans-

genesis. Contaminants, such as ethanol, chaotropic salts, bacterial DNA/RNA, or

RNAse, severely impair embryo viability, and likely, Tol2 mRNA stability. Plasmid

mini preparations (Mini preps), done with the QIAprep Spin Miniprep kit (QIAgen

Inc., Valencia, CA) or comparable reagents, are simple and yield DNA of sufficient

purity for efficient transgenesis. The following additions to the standard miniprep

protocol optimize yield and purity for injection-grade plasmid DNA (use of a

vacuum manifold is highly recommended to speed up processing).

Additions to the standard QIAprep miniprep protocol:
-
 Use fresh and properly stored re-suspension buffer containing RNAse (i.e.,

QIAprep buffer P1 at 4 �C) for optimal digestion of bacterial RNA.
-
 After adding lysis buffer (P2) and gentle mixing by tube inversion, incubate

minipreps for 5 min at room temperature to enhance bacterial lysis.
-
 After adding neutralization buffer (N3) and gentle mixing by tube inversion,

incubate minipreps for 5–10 min at�20 �C (or on ice) to increase lipid and protein

precipitation.
-
 To pellet lipid and protein debris completely, thus producing a cleaner plasmid-

containing supernatant, centrifuge the precipitated sample 12–15 min at 13,000–

14,000 rpm, preferably at 4 �C.

-
 With QIAprep kits, include the recommended PB buffer wash step, which inacti-

vates residual RNAse and removes protein residue.
-
 After washing the columns (buffer PE) to remove ethanol, centrifuge for 2 min,

then discard waste tubes. Leave the columns in fresh collection tubes at room

temperature for a few minutes to evaporate the last traces of ethanol.
-
 Elute the plasmid DNA by addition of 50 mL ultra-pure water to the column

membrane. Incubate 1 min, then centrifuge (1 min at 13,000–14,000 rpm). Do

not use elution buffer EB provided with the kit.

This procedure yields highly concentrated minipreps (100–400 ng/mL) of aver-
age-sized plasmids, depending on culture growth time. To elute larger (>15 kb)

plasmids off the column matrix, pre-heating of the elution water to 65 �C can

increase yield. Injection-grade minipreps should give a 260/230 nm ratio of 1.8–

1.9 (lower values indicate salt or ethanol contamination), and a 260/280 nm ratio of

2.0–2.3 (values below 2.0 indicate protein contamination). Pure plasmids can then be

processed as described for microinjection into zebrafish embryos for Tol2-mediated

transgenesis (Kwan et al., 2007; Villefranc et al., 2007). Transgenesis success

depends on Tol2 mRNA quality, plasmid vector purity and size, as well as the

biological effects of the injected transgene.
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III. Tol2 Transgene Genetics

A. ‘‘Every Fish is Unique’’ – Basic Genetic Principles and Transgenesis Markers
When the Tol2 transgenesis mix is injected into one-cell stage embryos, some, but

not all, of the cells in cleavage will successfully catalyze the Tol2 integration. The

resulting embryo is thus mosaic for the transgene, with each cell potentially carrying

0–10 integrations spread randomly across the 50 zebrafish chromosomes

(Kawakami, 2007). Consequently, the germ cells of a mosaic F0 animal will differ

in transgene integration and will transmit transgenic chromosomes at an unpredict-

able ratio to the next generation. The non-Mendelian nature of transgene inheritance

typically yields 3–100% positive embryos, and each embryo will harbor an unpre-

dictable number of independent insertions. For successful outcomes in transgenesis

experiments, each fish of the first generation is considered a unique transgene

carrier; predictable Mendelian inheritance of functional transgenes often requires

several rounds of out-crossing (Fig. 3 and see also below).

Screening and line maintenance are facilitated with fluorescent reporters and

transgenes engineered with a fluorescent marker in cis. Current zebrafish transgene

markers express a fluorescent protein in a particular cell type or confined develop-

mental structure and are cloned into the Tol2 transgene vector backbone. Currently,

the choice for zebrafish transgene markers is rather limited and will greatly benefit

from future additions. The cardiomyocyte-specific cmlc2:EGFP cassette is common

in Tol2 cloning vectors (Kwan et al., 2007). Other options are the eye lens-labeling

a-crystallin:YFP or Cerulean cassettes (Hesselson et al., 2009; Villefranc et al.,

2007), as well as the skin-specific krt3:RFP (Liu et al., 2008). Various lox cassette

transgenes (see also later) contain a fluorescent lox cassette, such as used in FlEx

(Flip Excision) or ubi:Switch (Boniface et al., 2009; Mosimann et al., 2011).

One caveat to using transgenesis markers is potential activation of the transgene

cargo by the marker’s regulatory sequences, and vice versa. For example, we

and others have found transgene cargo under control of different promoters to

express aberrantly in cardiomyocytes when coupled in cis with cmlc2:EGFP

(Mosimann et al., 2011). Potent enhancer elements in a transgene cassette can

act on the promoter of the transgenesis marker and inappropriately activate the

marker gene.
B. Transgenesis Screening Scheme
Microinjected zebrafish (F0 generation) are screened for transgene transmission

by individually out-crossing to wild-type zebrafish (Fig. 3). Each Tol2 transposon-

injected F0 animal will give rise to a distinctive collection of F1 animals. F0 parents

with transgene transmission to the F1 are subsequently called F0 founders. We

routinely inject AB or Tu wild-type strains as the F0 and screen for F0 founders by

mating to the TL line, which contains tuepfel (tup, also called leot1, recessive

mutation causing spotted pigment instead of stripes) and longfin (lof dt2, dominant
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Fig. 3 Genetic scheme outlining single-insertion Tol2 transgenesis from a generic transgene vector

(Tol2(x)). See text for details. Note the three different possible combinations of transgene insertions in the

F1, labeled IA, IB, and IC, and the resulting downstream crossing scheme required to obtain single-

insertion transgenic strains. Chromosome schematics contain either one (IA, IC) or two (IB) chromosomal

insertions. In the case of two insertions on the same chromosome (IB), the insertion number cannot be

properly deduced byMendelian genetics in the F1 but can be revealed in the F2 generation (or subsequent

generations, depending on the centi-Morgan distance of the two insertions).
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homozygous viable mutation causing overgrowing fins) mutations (ZFIN, http://

zfin.org). Mating of F0 to TL enables us to separate the parents after the cross and

introduces the tup and Lmarkers into transgenic lines. We prioritize F0 animals with

visible transgene marker expression as it indicates successful injection (but does not

predict successful transgene transmission).

Individual F0 animals that provide offspring are consecutively numbered (1, 2, 3,

etc., or Roman numerals) and kept in isolation. Their F1 embryos are subsequently

screened for the transgene marker by fluorescence microscopy or by PCR. If a

reasonable clutch size (50–100 embryos) is transgene-negative, the corresponding

F0 animal is culled. If the clutch is positive, the positive F1 embryos are raised, and

the F0 parent is kept for further rounds of outcrosses.

http://zfin.org/
http://zfin.org/
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Each F1 offspring is still potentially unique due to unpredictable transgene seg-

regation in the F0 germline. For example, fluorescent reporter transgenes may reveal

mixed transgene numbers in F1 clutches by variable fluorophore intensity between

siblings. Transgenes can also independently insert onto the same chromosome and

cause complex inheritance due to chromosome cross-over (Fig. 3). We label the F1

offspring of a given F0 animal by adding a consecutive letter to the F0 designation

(i.e., 2A, 2B, 2C). Between two and five transgene-positive F1 animals from an F0

founder are again individually out-crossed to wild type to assess transgene segrega-

tion in the F2 generation. If the F2 embryos are 50% transgene-positive, then it is

likely that the F1 parent contains a single transgenic insertion (or may have two or

more closely linked insertions on the same chromosome; see also below). Higher F2

percentages reveal multiple transgene insertions. In the latter case, if required,

several individual F2 animals from a single F1 parent are further out-crossed to wild

type until 50% segregation is observed (Fig. 3).

Tol2 transposons can also integrate onto the same chromosome and segregate by

cross-over in subsequent generations, resulting in higher than 50% transgene trans-

mission in subsequent generations. In contrast, we rarely observe lower than 50%

transgene segregation, which is indicative of transgene silencing, after the F1; such

lines are not pursued further. We regularly detect by PCR silenced transgene copies

in transgene-negative embryos from F2 clutches (thus, undetectable by fluorescence

microscopy), which is probably due to heterochromatin-mediated silencing or defec-

tive transposition in the F0.

As we lack methods to permanently label individual zebrafish, this labor-, time-,

and space-consuming crossing scheme results in rapidly expanding numbers of

individual fish in isolation tanks. Therefore, we prioritize F1 animals with 50%

segregation in the F2 generation because they have the greatest probability of

harboring single-copy insertions.
C. Transgene Quality Assessment
Single-insertion zebrafish transgenics feature predictable inheritance patterns and

expression, yet long-term transgene stability is critical to sustainable experimenta-

tion. Transgene silencing can occur at random and eliminate the utility of any

established line. It is good practice to establish at least three (or more) independent

transgenic lines for a given transgene. Several independent lines may further help to

uncover individual position effects, e.g., non-specific transgene cargo expression in

inappropriate cell types. Complementary analyses, such as in situ hybridization to

detect Cre transgenes, also help to ensure faithful transgene expression.

When using fluorescent reporters, the commonly observed decrease in insertion

copy number after the F1 generation will cause progressively dimmer, but more

consistent, reporter fluorescence in subsequent generations until single-copy trans-

genes are established. Thus, F1 animals can lead to unsound overestimations of

reporter potency. For the sake of subsequent reproducibility, drawing experimental

conclusions from F1 animals should be discouraged.
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The high transgenesis rates with Tol2 allow exhaustive screening for high-quality

lox transgene insertions. Any transgene integration locus contributes chromatin effects

that, due to unfavorable histone modifications or protein binding to DNA in the

vicinity, can influence Cre access, reactivity at lox sites, and resulting recombination

efficiency (see also below) (Hans et al., 2009, 2010; Mosimann et al., 2011). For each

of our established lox transgenic lines, we had to test several independent founder lines

to obtain an efficiently switching, high-quality lox transgene insertion.
D. Materials
-
 pENTR50 TOPO TA Cloning Kit; Invitrogen, Cat. No. K591-20
-
 pENTR/D TOPO Cloning Kit; Invitrogen, Cat. No. K2400-20
-
 LR Clonase1 II Plus enzyme; Invitrogen, Cat. No. 12538-120
-
 Tol2 Kit plasmid collection
-
 mMESSAGE mMACHINE1 SP6 Kit w/Manual, Cat. No. AM1340M
-
 UV filter goggles for EGFP detection, Modular Fluorescence Head set type: FHS,

frame FHS/F-01, light source FHS/LS-1B, emission filter FHS/EF-2G2; BLS Ltd,

Budapest, Hungary.
IV. CreERT2-Controlled lox Recombination Using 4-OHT
Zebrafish embryos are ideal for lineage tracing studies as they develop rapidly,

are nearly transparent, and can be staged precisely. High-quality Tol2 transgenes

now greatly facilitate Cre/lox applications for lineage tracing in zebrafish. With

TAM or 4-OHT for temporal control of CreERT2 activity and subsequent lox recom-

bination, the components are now in place to generate lineage tracing zebrafish lines.

TAM and 4-OHT are lipid-soluble steroids that can pass through cell membranes

and the chorion. The relative efficacies of TAM and 4-OHT in induction of CreERT2

are difficult to assess due to their instability and markedly different water solubilities

(0.3 mg/L for TAM, 4-OHT is described as insoluble in water). Nonetheless, CreERT2

is sensitive to micromolar (mM) concentrations of both drugs in E3 embryo medium

(Hans et al., 2009, 2010; Mosimann et al., 2011). The use of TAM, a pro-drug that

requires metabolic transformation to produce the higher affinity 4-OHT, introduces a

potential lag in CreERT2 response. Although several studies have successfully applied

TAM (Hans et al., 2009, 2010), we predominantly use 4-OHT for our experiments. As

ERT2 preferentially binds the trans (Z) 4-OHT isomer (Katzenellenbogen et al., 1984),

we advise the use of trans TAM or 4-OHT for induction experiments.
A. 4-OHT Chemistry and Handling
Trans 4-OHT is commercially available from various sources (such as H7904 from

Sigma-Aldrich, St. Louis, MO). We routinely create 10 mMworking stock solutions
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in ethanol and store 15 mL single-use aliquots in the dark at �20 �C. Published
studies also report 4-OHT stocks of 25 mM in ethanol and 50 mM TAM in DMSO

(Hans et al., 2009). Prolonged storage decreases the potency of dissolved 4-OHT

over time, evenwith strict storage at�20 �C in the dark. The loss of potency is due to

the tendency of 4-OHT to undergo cis–trans (E-Z) interconversion spontaneously in

common laboratory solvents over time or when exposed to light. Desiccated 4-OHT

powder kept in the dark at 2–8 �C is stable for years.

CreERT2-mediated lox recombination occurs at concentrations as low as 0.5 mM
TAM or 4-OHT (Hans et al., 2009; Mosimann et al., 2011). Zebrafish embryos

tolerate 10 mM4-OHT treatment without obvious phenotypic consequences, and we

routinely apply 10 mM to achieve maximal CreERT2 responses to test new trans-

genics or induction time points. As in comparable mouse experiments, the optimal

TAM/4-OHT dose for a specific CreERT2 driver paired with a lox switch requires

individual elucidation (Hans et al., 2009).
B. The ‘‘Golden Rule’’ for Zebrafish Lineage Tracing: Paternal Cre, Maternal lox Switch
Successful Cre/lox experiments rely on faithful Cre activity in the investigated cell

lineage. Because ‘‘tissue-specific’’ or ‘‘induction-specific’’ Cre transgenes can be

active during oogenesis, we advise to use males as the source of the Cre driver.

Genuine examples of recombinase transgenes that contribute maternally are ubi:

creERT2 (Mosimann et al., 2011) and hsp70:creERT2 lines (Hans et al., 2009, 2010).

Tissue-specific Cre/CreERT2 drivers may also unexpectedly contribute maternally

due to chromatin position effects of individual transgene insertions. Undesired

dominant maternal Cre contribution must therefore be avoided.

Therefore, we use males as the source for the Cre driver transgene to assure de

novo transcription of Cre upon onset of zygotic transcription (Fig. 4). We recom-

mend the ‘‘golden rule’’ to always cross Cre transgene males to lox switch females

for tissue-specific developmental lineage tracing. Cre drivers and lox transgenes

should also not be propagated together in double-transgenic animals because a leaky

Cre transgene would lead to irreversible recombination of the lox transgene.

Maternally contributed Cre may further lead to an overestimation of lox excision

efficiency of new lox switch transgenes, such as when testing with the commonly

available hsp70:cre. Nonetheless, maternal CreERT2 from hsp70:creERT2 or ubi:

creERT2 offers a potential tool to create discrete clones of cells with recombined lox

switches by 4-OHT induction before the onset of zygotic transcription.
C. 4-OHT-mediated CreERT2 Induction
A simple format for embryo CreERT2 experiments is to array embryos prior to

induction in fresh E3 into multi-well plates, such as 6- or 12-well format (with up to

35 embryos per well in 6-well plates). Collected embryos should be thoroughly

rinsed using a tea strainer, and then transferred to fresh E3 prior to arraying. The

multi-well format facilitates testing of several transgenic lines as well as subsequent
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Fig. 4 Basic CreERT2/lox experiment crossing scheme. The lox switch transgene is provided by the

mother to avoid maternal contribution of CreERT2. Experiments with regular Cre-expressing transgenes

are done identically, yet without the TAM/4-OHT induction.
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handling andmicroscopy. It also reduces the amount of 4-OHT consumed and allows

the induction of embryos in different wells at different time points. De-chorionating

the embryos did not significantly increase 4-OHT potency in our hands, yet may be

advisable with less sensitive CreERT2 drivers.

The instability of 4-OHT in water dictates fresh preparation of 4-OHT-containing

E3 induction medium immediately before treatment. In a 50 mL Falcon tube, the

desired final volume of E3medium is prepared and the required 4-OHTadded with a

pipette from a single-use aliquot, taken from �20 �C storage immediately prior to

use. The drug will temporarily go out of solution when the ice-cold ethanol mixes

with water and will be visible as a cloudy precipitate trail at the pipette tip. The

precipitate can flake and drift to the medium surface. Brief vortexing effectively

dissolves the precipitate. The prepared induction medium is best kept in the dark

(such as in a drawer) while the embryos are prepared for immediate induction.
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The E3 medium on the arrayed embryos is removed using a vacuum pipette with a

fine tip while tilting the plate toward the experimenter to facilitate careful yet rapid

aspiration starting from the top of the well. The embryos should not be allowed to

dry, so apply the 4-OHT induction medium immediately after aspiration. We found

3–5 mL of medium to be sufficient for undisturbed embryo growth in 6-well plates

while avoiding accidental spill-over of induction medium into non-induced control

wells during handling. We routinely perform experiments combining 4-OHT with

bioactive chemicals or Propylthiouracil (PTU) (to inhibit melanization for enhanced

microscopy) without detrimental effects on 4-OHT or CreERT2 activity.

Consistent with its chemical properties, experimental observations indicate a

short half-life of waterborne 4-OHT (Mosimann et al., 2011). Extended induction

time windows may thus require repeated addition of fresh 4-OHT-containing E3 to

maintain CreERT2 activity. However, 15 min 4-OHT treatment followed by thorough

washing has been shown to trigger a strong response in the majority of cells when

tested with ubi:creERT2/ubi:Switch transgenics (Mosimann et al., 2011). Despite its

light sensitivity, 4-OHT handling does not require working in dimmed rooms or

shielding of embryo-containing plates while performing experiments on the labo-

ratory bench. Incubators should, however, be dark, and handling on bench tops

should be minimized during induction.
D. Induction Time Point Considerations
The timing of 4-OHT induction needs to be coordinated with 1) anticipated

transgenic CreERT2 expression, 2) the 4-OHT activity window in embryo medium,

and 3) the optimal 4-OHT concentration to activate sufficient CreERT2 to recombine

a given lox switch at a given time point. Adding 4-OHT prior to CreERT2 expression

might not leave sufficient active drug to activate newly synthesized recombinase.

The dynamics of a given lox switch’s expression is a further factor to gauge in

determining the optimal induction time point. Although successful lox recombina-

tion is rapidly detectable by PCR, considerable lag time passes between 4-OHT

administration and appearance of the actual lox switch transgene readout: cyto-

plasmic CreERT2 needs to bind 4-OHT, translocate to the nucleus, and engage two

lox sites in recombination; the newly formed reporter requires mRNA transcription

and subsequent protein translation, followed by proper folding of the fluorescent

reporter protein and sufficient accumulation past the detection threshold. Clearly,

the rapid development of the zebrafish embryo pushes the limit of how fast tran-

scription- and protein translation-dependent readouts can be.
E. Materials
-
 E3 embryo medium.
-
 Cell culture-grade multi-well plates – 6-well, 12-well, or 24-well recommended to

facilitate fluorescent microscopy.
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-
 (Z)-4-OHT: Sigma-Aldrich, H7904,�98% (HPLC), powder, dissolved in ethanol

to stock solutions of 10 mM, kept as single-use aliquots (15 mL) in reaction tubes
in the dark at �20 �C.
-
 (Z)-TAM, Sigma-Aldrich, T5648, �99%, dissolved in DMSO to stock solutions

of 50 mM.
-
 Bench top aspirator, equipped with fine pipette tip for controlled medium aspira-

tion and connected to vacuum line.
-
 Closed and dark zebrafish incubator (21, 28.5, or 32 �C, depending on desired

growth speed).
V. Discussion
Tol2-mediated single-integration transgenes have greatly invigorated the zebra-

fish community and triggered a new boom in creating transgenic zebrafish strains.

The transgenesis and Cre/lox protocols outlined here will be refined in the near

future as the field ventures into more complexmolecular genetics using zebrafish. In

particular, reliable new transgene markers to complement the few currently existing

are clearly needed and will facilitate complex genetic experiments that combine

multiple transgenes. Application of TAM/4-OHT transgene induction to adult zeb-

rafish poses different challenges than manifested in embryo experiments (Jopling

et al., 2010; Kikuchi et al., 2010) and warrants experimental attention. The rising

number of transgenic zebrafish lines and increasingly sophisticated experimental

strategies require community involvement to organize reagent sharing, maintenance

of transgenic lines, and publication of detailed protocol descriptions. Nonetheless,

we envision that the zebrafish model system will, in the near future, feature an array

of transgenic experimental protocols that rivals those of Drosophila and the mouse.
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Abstract
On the strengths of forward genetics and embryology, the zebrafish Danio rerio

has become an ideal system for the study of early vertebrate development. However,

additional tools will be needed to perform more sophisticated analyses and to

successfully carry this model into new areas of study such as adult physiology,

cancer, and aging. As improved tools make transgenesis more and more efficient,

the stage has been set for precise modification of the zebrafish genome such as are

done in other model organisms. Genome engineering strategies employing site-

specific recombinase (SSR) systems such as Cre/lox and Flp/FRT have become
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invaluable to the study of gene function in the mouse and Drosophila and are now

being exploited in zebrafish as well. My laboratory has begun to use another such

SSR, the integrase encoded by the Streptomyces bacteriophage PhiC31, for manip-

ulation of the zebrafish genome. The PhiC31 integrase promotes recombination

between an attachment site in the phage (attP) and another on the bacterial chro-

mosome (attB). Here I describe strategies using the PhiC31 integrase to mediate

recombination of transgenes containing attP and attB sites in cis to excise elements

with spatial and temporal specificity. The feasibility of the intramolecular recom-

bination approach having been established, I discuss prospects for employing

PhiC31 integrase for intermolecular recombination, i.e., transgene integration at

defined sites in the genome.
I. Introduction

A. The Zebrafish as a Continually Expanding Model System
In the last 20 years, the zebrafish Danio rerio has become well-established as a

model organism, particularly for the study of the genetics of early vertebrate devel-

opment. In the future it is certain that it will become an even more widely used

biomedical research model as its reach continues to extend into such realms as

cancer (Amatruda et al., 2002), infectious disease (Davis et al., 2002), physiology

(Briggs, 2002), behavior (Fetcho and Liu, 1998), and aging (Kishi et al., 2003).

Forward genetic tools already exist and have been usefully exploited for the discov-

ery of new genes and pathways. For example, large scale ENU mutagenesis screens

first reported 14 years ago produced hundreds of mutants (Driever et al., 1996;

Haffter et al., 1996), and many of these loci have since been identified at the

molecular level. The sequencing of the zebrafish genome is approaching completion

(http://www.sanger.ac.uk/Projects/D_rerio/) and reverse genetics methods are avail-

able (Nasevicius and Ekker, 2000), but additional and more precise genomic tools

will be needed to address problems in these new areas.
B. Transgenic Technologies in Zebrafish
The ability to generate transgenic lines, by which exogenous DNA can be stably

transmitted from generation to generation, is fundamental to the usefulness of the

zebrafish as it is for many other model systems. Beyond simple transgenesis is the

means to make specific manipulations in the zebrafish genome. In recent years,

more efficient methods for obtaining germline integration of foreign genes in zebra-

fish have been described (Grabher andWittbrodt, 2008), and increasingly transgenic

lines are appearing in the literature (see zfin.org for an up-to-date and searchable

listing). For example, using the Tol2 transposon originally isolated from medaka,

Kawakami et al. (2004) reported germline transmission rates as high as 50%. Other

high efficiencymethods include a second transposon, SleepingBeauty (Davidson et al.,

http://www.sanger.ac.uk/Projects/D_rerio/
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2003), I-Sce I meganuclease co-injection (Grabher et al., 2004), and injection of

pseudotyped retrovirus into blastula stage embryos (Chen et al., 2002). Both lines

expressing fluorescent markers to label particular cell populations, and to misex-

press genes with spatial and temporal precision are needed to realize the full

experimental potential of this organism.
C. Genome Modification Using Site-specific Recombinases
Site-specific recombinase approaches extend the usefulness of transgenes by

offering a means for their manipulation after they are established in the genome.

The Cre/lox and Flp/FRT are most commonly used in mice for the construction of

conditional knockout alleles (reviewed in Branda and Dymecki, 2004), and for

similar gene control and chromosomal rearrangement strategies in Drosophila

(reviewed in Bischof and Basler, 2008). Both loxP and FRT sites comprise short

inverted repeats around a core sequence, and recombination between two loxP sites

or two FRT sites results in the exchange of sequences flanking each site but pres-

ervation of the loxP/FRT sites themselves, which may be substrates for additional

reactions. Therefore, recombination between two loxP/FRT sites flanking a trans-

gene in the presence of Cre/Flp causes the intervening sequence to be excised as a

circular molecule. Reintegration is formally possible but thermodynamically highly

unlikely. For this reason, Cre and Flp have proven to be very useful for deleting

transgenes from chromosomes. While Cre and Flp can catalyze intermolecular

recombination, as could occur between a loxP/FRT site on a plasmid and one on a

host chromosome, this creates two loxP/FRT sites which can immediately recom-

bine, reversing the integration event (although modifications have been devised to

allow Cre and Flp to be used in this way; see Discussion).

The PhiC31 bacteriophage uses a distinct integrase to catalyze directed recombi-

nation at sequence-specific sites in the Streptomyces genome (Smith et al., 2010).

The integrase of the PhiC31 bacteriophage mediates recombination between two

different sequences: the attP site in the phage genome and the attB site in the

Streptomyces chromosome (Fig. 1A). The integrase alone is sufficient for this

reaction in the absence of other co-factors from the phage or from Streptomyces

and can even catalyze recombination between attB and attP sites in vitro (Thorpe and

Smith, 1998). Importantly, unlike Cre/lox and Flp/FRT, the attL and attR sites thus

created cannot be acted upon by integrase alone, which requires additional, yet to be

identified co-factors to reverse the reaction. Therefore, PhiC31 integrase would

appear to have great potential as a tool for both intra- and inter-molecular recom-

bination strategies.

Although its natural environment is prokaryotic it was shown that PhiC31 inte-

grase could catalyze intramolecular recombination in human cells in culture

(Groth et al., 2000). Using an intramolecular recombination (excision) assay, min-

imal attB and attP sites were defined to be 34 basepairs and 39 basepairs, respec-

tively. Integration was demonstrated in human and mouse cells of plasmids bearing
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Fig. 1 Mechanism of PhiC31 integrase action. A) The integrase of the PhiC31 Streptomyces bacte-

riophage (Int) catalyzes recombination between an attachment site in the phage genome (attP) and a site in

the bacterial genome (attB). In eukaryotic applications, it has generally been found that recombination is

more efficient when the attP site is provided by the host genome rather than by the donor plasmid. B)

Generalized strategy for use of Phic31 integrase (Int) for transgene excision. PhiC31 integrase (Int) can

catalyze recombination between att sites in the same molecule; if these sites are in the same orientation the

intervening sequenced will be excised. In this way, the integrase can be used to inactivate a gene (gene1) and/

or activate a second gene (gene2) in a tissue-restricted and/or temporally-regulatedmanner. (See color plate.)
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attB sites but not attP sites (Thyagarajan et al., 2001). Directed integration of an attB

plasmid into endogenous loci, termed pseudo-attP sites, was observed to occur 10- to

20-fold more efficiently than random integration. In Drosophila, PhiC31 integrase

has been shown to efficiently recombine attB-bearing plasmids with transgenes

containing attP sites (Groth et al., 2004), and based on this elegant transgenesis

strategies have been devised by a number of groups (Bateman et al., 2006; Bischof

et al., 2007; Boy et al., 2010; Fish et al., 2007; Huang et al., 2009).
D. Cre and Flp Recombinases Function in Zebrafish
Several reports have now been made of the successful application of the Cre/lox

system in zebrafish (Boniface et al., 2009; Collins et al., 2010; Dong and Stuart,

2004; Hans et al., 2009; Hesselson et al., 2009; Jopling et al., 2010; Kikuchi et al.,

2010; Langenau et al., 2005; Pan et al., 2005; Seok et al., 2010; Thummel et al.,

2005), and Flp recombinase as well appears to function as expected in the zebrafish

embryo (Boniface et al., 2009). As is beginning to become clear in the mouse and

Drosophila, considerable power lies in the ability to combine more than one tool

simultaneously (Branda and Dymecki, 2004; Huang et al., 2009). Because they

recognize different target sequences, PhiC31 and the other recombinases can poten-

tially be used in parallel to allow independent manipulation of more than one

transgene in a single organism. Finally, although there have been reports of chro-

mosomal aberrations resulting from stable expression of PhiC31 integrase in human

cells (Liu et al., 2009), the potential genotoxicity of Cre is also well-known

(Loonstra et al., 2001; Schmidt et al., 2000), and PhiC31 may turn out to be a less

toxic alternative. For these reasons, the development of PhiC31 integrase technology

should complement other site-specific recombinases as they are adapted for use in

the zebrafish. I focus here on intermolecular recombination (i.e., transgene excision)
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using the PhiC31 integrase; successful intermolecular recombination (transgene

integration) has not yet been described in the literature, but practice and experience

with the former should facilitate the latter advance.
II. Rationale

A. PhiC31 Integrase Functions in Zebrafish
Although native to Streptomyces bacteria, the integrase encoded by the PhiC31

phage can also function in eukaryotic cells, including Drosophila (Groth et al.,

2004), mouse (Belteki et al., 2003), frog embryos (Allen and Weeks, 2005) human

cells in culture (Groth et al., 2000), as well as a variety of plant species (Khan et al.,

2005; Lutz et al., 2004; Rubtsova et al., 2008; Thomson et al., 2010). It was therefore

not surprising to find that this integrase could also function in zebrafish (Lister,

2010). While the native integrase was active in zebrafish embryos, we found using a

plasmid-based reporter assay that a version of the integrase optimized for mouse

codon usage (PhiC31o; (Raymond and Soriano, 2007)) gave over twice the fre-

quency of recombination. Others have confirmed the basic utility of this approach

(Lu et al., 2010), but for simplicity I focus below on results frommy own laboratory.

To observe recombination in living embryos, we constructed a reporter (XIpGbR)

comprising 1) the Xenopus EF1a promoter and rabbit b-globin intron, 2) a green

fluorescent protein (GFP) open reading frame (ORF) and SV40 polyadenylation

signal flanked by an attP site and an attB site, and 3) a Discosoma sp. variant red

fluorescent protein DsRed-Express ORF and polyadenylation signal. To reduce the

chance that the att sites might interferewith expression of the GFP andDsRed ORFs,

they were shortened to the minimal lengths found to retain activity in a bacterial

assay. It was confirmed that this plasmid could be recombined in bacteria and in

embryos if and only if PhiC31 integrase was present. We also confirmed in these

transient transgenesis experiments that the GFP and DsRed cassettes were expressed

appropriately. (Interestingly, a construct in which the relative position of the attP and

attB sites was reversed still expressed GFP, and could be recombined precisely and

efficiently, however following excision no expression of DsRed could be observed.)
B. A Stable Reporter Line
A stable transgenic linewas generated by co-injecting embryos with XIpGbR, in a

Tol2 transposon backbone, along with Tol2 transposase mRNA. From multiple

integrations a line (vc2) was selected that has shown strong GFP expression, but

no detectable red fluorescence, for several generations. Injection of transgenic

embryoswith mRNA encoding the PhiC31 integrase, however, produces widespread

red fluorescence (Fig. 2). Sequencing of PCR products from genomic DNA confirms

precise excision of the GFP cassette. We have also constructed a red-to-green

reporter and are currently attempting to establish lines with this (Fig. 3). This reporter

was assembled by Gateway cloning, described below.
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Fig. 2 Recombination in the green-to-red reporter strain, vc2. A)–C) uninjected embryos (shown at

18-somite stage) express GFP strongly (B) but do not express DsRed (C). D)–F) Injection of messenger

RNA encoding codon-optimized PhiC31 integrase (PhiC31o) induces widespread transgene recombina-

tion and expression of DsRed. (Due in part to significant maternal GFP expression, GFP signal is not seen

to diminish.) (See color plate.)
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The complementary arm to the development of transgenes flanked by attachment

sites is the isolation of tissue-specific drivers, for expressing the recombinase in

restricted patterns. We have begun to use the green-to-red reporter line to test

candidate promoters for appropriateness as drivers in transient assays (Fig. 4) prior

to using them to generate stable lines. The reporter line can then be used to screen

prospective founders.
C. Conditional Activation of PhiC31 Integrase
While spatial control of recombination may be obtained by tissue-specific expres-

sion of integrase, temporal control is another highly desirable feature. Temporal
[(Fig._3)TD$FIG]

Fig. 3 Demonstration of a red-to-green PhiC31 integrase reporter generated byGateway cloning.Wild-

type embryos were injected with the plasmid pDestTol2pA2-XIpRbG alone (A–C) or with PhiC31o

mRNA (D–F). In the absence of integrase activity mosaic DsRed expression (B) but no GFP expression

(C) is observed. With addition of PhiC31o, only mosaic GFP expression (F) is seen. (See color plate.)
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Fig. 4 Tissue-specific recombination. A vc2 (green-to-red reporter) embryo injected with the plasmid

pDestTol2pA2-mitfa0.9-PhiC31o-pA is shown at approximately 36 h post-fertilization A) brightfield, B)

near ubiquitous GFP expression, C) recombination and expression of DsRed occurs in a small subset

of cells. (See color plate.)
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control of recombination in the Cre-lox system has been achieved by fusing the

recombinase to a ligand binding domain variant of the estrogen receptor, rendering

the chimeric protein inactive unless in the presence of 4-hydroxytamoxifen

(4-OHT). It was reported that PhiC31 integrase activity can also be regulated by

fusion to the ER ligand-binding domain (Sharma et al., 2008). We tested the

inducibility of an analogous PhiC31o-estrogen receptor fusion protein in zebrafish.

Embryos from the green-to-red reporter transgenic line were injected with mRNA

encoding PhiC31o alone or as an N-terminal fusion to the estrogen receptor variant

ERT2. Embryos treated with DMSO or 4-OHT beginning 60–90 min after fertiliza-

tion were examined at approximately 30 h post-fertilization for the presence of DsRed-

expressing cells. Recombination was only observed with PhiC31o-ERT2 injection in

the presence of 4-OHT (Fig. 5); however the fraction of DsRed-positive cells was

much lower with PhiC31o-ERT2 than with PhiC31o alone. The precise reasons for

the reduced activity of the fusion protein have not yet been determined; however,

these results indicate that improvements to this approach may be required to bring its

efficiency up to that of constitutively-active integrase. The present version may still

be useful for situations where mosaic recombination is desired or sufficient.
D. Gateway-compatible Vectors
The use of multisite Gateway cloning technology has facilitated the development

of complex vectors for zebrafish transgenesis. To take advantage of this modular

approach, we have generated and tested a number of entry vectors for use with the

Tol2 kit described by Kwan et al. (2007). A list of these vectors is given in Table I.

(It is important to note that although there is some shared terminology, the attach-

ment sites and recombinases used in the Gateway system are derived from the

lambda phage and are distinct from, and do not cross-react with, those of



[(Fig._5)TD$FIG]

Fig. 5 Tamoxifen-dependent recombination. Individual vc2 green-to-red reporter embryos injected

with mRNA for PhiC31o (A, D, G) or PhiC31o-ERT2 (B, C, E, F, H, I) are shown.With addition of DMSO

alone (B, E, H) no DsRed expression is observed, while addition of 300 nM 4-hydroxytamoxifen (C, F, I)

induces recombination and red fluorescence (I), although to a much lesser degree than non-chimeric

PhiC31o integrase (G). (See color plate.)
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PhiC31.) In addition to middle entry vectors, which can be combined with a pro-

moter of choice to generate tissue-specific integrase ‘‘drivers’’, we have constructed

integrase targets by inserting the EF1a promoter/b-globin intron/attP-attB cassette

as a unit into a 50 entry vector. Versions include flanked GFP-polyA, DsRed-polyA,
and polyA alone. These may thus be combined with a middle entry vector of choice

(and 30 entry and destination vectors) in a multi-site Gateway reaction to generate

expression clones in which the middle ORF is only expressed after the construct is
Table I
Gateway entry vectors for use with the PhiC31 integrase system

Name Type Description

p5E-XIpGb 50 entry EF1a promoter w/excisable GFP cassette

p5E-XIpRb 50 entry EF1a promoter w/excisable DsRed cassette

p5E-XIppAb 50 entry EF1a promoter w/stop cassette

pME-PhiC31o Middle codon-optimized integrase

pME-PhiC31o-ERT2 Middle 4-hydroxytamoxifen-inducible integrase

pME-nlsPhiC31o Middle nuclear-localized integrase
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acted upon by the PhiC31 integrase. An example of a red-to-green reporter made in

this fashion is shown in Fig. 3. (We also tried flanking GFP-polyAwith attP and attB

sites within a middle entry clone, in combination with a 30 entry clone containing

DsRed with its own start site, but found that the DsRed was only weakly expressed

following excision.)
III. Materials and Methods
pME-PhiC31o was generated by removing the codon-optimized integrase

sequence from pPhiC31o (Addgene plasmid 13794; (Raymond and Soriano,

2007)) with EcoRI and XbaI and inserting it into the plasmid pENTR3C-CS, a

middle entry vector containing the multiple cloning site of pCS2. p5E-XIpRb was

constructed by inserting a BglII-XhoI fragment containing the Xenopus EF1a
promoter and rabbit b-globin intron, attP site, DsRed-Express with poly A signal,

and attB site into the BamHI-XhoI sites of p5E-MCS (Kwan et al., 2007). p5E-

mitfa0.9 contains 0.9 kb of sequence upstream of the translational start site of the

mitfa gene, and was made by replacing transferring the mitfa promoter from the

plasmid pNP-P+ (Lister et al., 2001) to the 50 entry vector p5E-MCS (Kwan et al.,

2007) as a SalI-HindIII fragment. pDestTol2pA2-XIpRb-EGFP-pAwas generated in

a multi-site Gateway LR reaction (Invitrogen, Carlsbad, CA) with the entry vectors

p5E-XIpRb, pME-EGFP, p3E-polyA, and the destination vector pDestTol2pA2

(Kwan et al., 2007). pDestTol2pA2-mitfa0.9-PhiC31o-pA was generated in a

multi-site Gateway LR reaction with the entry vectors p5E-mitfa0.9, pME-

PhiC31o, p3E-polyA, and the destination vector pDestTol2pA2. Additional cloning

details for all plasmids are available upon request.

The plasmids pCS2P+PhiC31o and pCS2P+PhiC31o-ERT2 have been previously

described, as has generation of the green-to-red reporter transgenic line, Tg

(XlEef1a1:attP-GFP-attB-DsRed2)vc2 (Lister, 2010). Messenger RNA for each inte-

grase was synthesized using the SP6 mMessage mMachine kit (Ambion/Applied

Biosystems, Carlsbad, CA) following plasmid linearization by restriction digest with

Not I or BssHII. Microinjections were performed using a pressure injection apparatus

from Applied Scientific Instrumentation, on a Nikon stereodissection microscope.

To activate the PhiC31o-ERT2 fusion, 4-OHT (Sigma cat. no. H7904,made up at a

stock concentration of 300 uM in DMSO) was added to embryos at 60–90 min post-

fertilization to a final concentration of 300 nM, with an equal volume of DMSO

alone added to the control dish.
IV. Discussion
Use of the Cre/lox system is becoming morewidespread in zebrafish (Collins et al.,

2010; Dong and Stuart, 2004; Feng et al., 2007; Jopling et al., 2010; Kikuchi et al.,

2010; Langenau et al., 2005; Pan et al., 2005; Thummel et al., 2005;Wang et al., 2008),
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and includes conditional approaches (Boniface et al., 2009; Hans et al., 2009).

Intramolecular recombination in zebrafish mediated by the PhiC31 integrase repre-

sents another tool now available for the zebrafish researcher (Lister, 2010; Lu et al.,

2010). The XIpGbR green-to-red transgenic line we previously established (Lister,

2010), vc2, is functionally analogous to a G2R Cre reporter that has been reported

(Yoshikawa et al., 2008), and should be useful for the development and screening

of integrase-expressing driver lines, as well as for lineage analysis. To facilitate the

construction of drivers and reporters/effectors, we have adapted a number of com-

ponents for use with Gateway cloning (Table I).

An obvious goal for those working with PhiC31 integrase in zebrafish is to

demonstrate its utility for targeted transgene integration, and a number of labs

including my own are working on this. The issue of exactly where DNA integrates

in the genome is important because of the influence of position effects on transgene

expression. This will only become more relevant as more investigators seek to study

the function of promoters and proteins in vivo at single basepair or single amino acid

resolution, and wish to compare variants in the same chromosomal context. While

the efficiency of production of transgenic zebrafish continues to improve, at present

there is noway to control the locus of transgene integration. In mice, this is typically

achieved through homologous recombination in ES cells followed by chimeric

embryo generation to establish the alteration in the germline. In zebrafish, ES-like

cells have been isolated (Fan et al., 2004) and homologous recombination has been

reported (Fan et al., 2006), but it has not yet been demonstrated that cells that have

undergone the necessary selection regimen retain germline potential when put back

into embryos. The lone report of targeted gene insertion in zebrafish has come from a

group using Cre recombinase along with mutant loxP sites that once recombined

cannot efficiently perform the reverse reaction with each other (Liu et al., 2007), but

only one such event could be verified out of 80,000 injected embryos.

Based on work in other vertebrates, namely mouse and frogs (Allen and Weeks,

2005; Belteki et al., 2003), intermolecular recombination in zebrafish mediated by

PhiC31 integrase should be feasible. To make heritable genomic manipulations, it is

necessary that recombination occurs in germ cells. By raising integrase-injected vc2

transgenic embryos to adulthood we determined that PhiC31 integrase is active in

the zebrafish germline, as it is in mouse (Belteki et al., 2003). Breeding individual

transgenic fish to non-transgenic mates produced a mix of offspring with uniform

GFPor DsRed expression almost half the time, regardless of the sex of the transgenic

adult (Lister, 2010). This showed that recombination can take place in the germline

of either both males and females. Moreover, widespread expression of PhiC31

mRNA in early embryos had no obvious deleterious effect on development.

Our initial experiments suggested that codon optimization had a significant effect

on the activity of PhiC31 integrase in zebrafish cells (Lister, 2010), and additional

refinements should improve the likelihood of success of both intra- and intermolec-

ular recombination approaches. When tested side by side with Cre in recombination

assays on extrachromosomal and integrated targets in mammalian cells, PhiC31

integrase was found to be approximately 50% as active as Cre on plasmids and
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10% on integrated transgenes (Andreas et al., 2002). However, addition of a

C-terminal nuclear localization signal increased these to 80 and 50%. Other possi-

bilities for optimizing the efficiency of the system and improving the chances of

integration include employing hyperactive PhiC31 mutants (Keravala et al., 2009),

as well as the identification and, if possible, specific elimination of interactions with

inhibitory proteins (Chen et al., 2006; Wang et al., 2010) through directed muta-

genesis. The successes observed in zebrafish with the PhiC31 integrase within a

relatively brief time suggest that the goal of additional uses, notably directed trans-

genesis through intermolecular recombination (Bateman et al., 2006; Groth et al.,

2004), will eventually be realized.
V. Summary
The PhiC31 integrase is functional in zebrafish cells and at present offers an

alternative, or complement, to existing tools such as Cre and Flp for regulated and

precise recombination of transgenes. In the future it may be possible to extend the

use of this tool by exploiting its inherent unidirectionality to direct the integration of

transgenes at pre-determined locations in the genome.
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Abstract
Somatic cell nuclear transfer (SCNT) has been a well-known technique for dec-

ades and widely applied to generate identical animals, including ones with genetic

alterations. The system has been demonstrated successfully in zebrafish. The elab-

orated requirements of SCNT, however, limit reproducibility of the established

model to a few groups in zebrafish research community. In this chapter, we metic-

ulously outline each step of the published protocol as well as preparations of equip-

ments and reagents used in zebrafish SCNT. All describable detailed-tips are

elaborated in texts and figures.

Zebrafish has been increasingly utilized as a vertebrate model for human diseases

and developmental biology as it possesses advantageous characteristics, many of

which are far better than other established animal models. As its uses widen among

laboratories, the demand for sophisticated genetic manipulations only grows, i.e.,

conditional knock in, knockout, and knockdown among others. Many research

groups have already established a wide variety of approaches for generation of both
4
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transgenic and mutant zebrafish lines in an effort to meet such a demand

(Amsterdam et al., 2004; Balciunas et al., 2004; Doyon et al., 2008; Grunwald

and Streisinger, 1992; Meng et al., 2008; Nagayoshi et al., 2008; Nasevicius and

Ekker, 2000; N€usslein-Volhard and Dahm, 2002; Solnica-Krezel et al., 1994).

However, there is still ample room for improvement, mostly on the establishment

of a first-generation stable mutant founder animal.

Somatic cell nuclear transfer (SCNT) offers the possibility of introducing germ-

line genetic modifications, more specifically in animal species in which embryonic

stem cell – chimera system is not readily available (Wilmut et al., 1997). This can be

done by making genetic modifications, including but not limited to homologous

recombination, in cultured somatic cells. The cells can be selected and verified for

their identity, the insertion of the transgene and subsequently transplanted into eggs

that their genetic materials have been removed. Ultimately fertile mutant cloned

offspring can be generated. The technique for nuclear transfer in zebrafish has been

previously described (Lee et al., 2002); however, up until now, there is nomutant fish

line generated by this technique. We have done a comprehensive overhaul of the

described SCNT method in zebrafish (Siripattarapravat et al., 2009b) streamlining

the technique, and demonstrating that it can be implemented in the most common

strains, AB and Tubingen.
I. Methods
We described a simple method that uses mature-arrested eggs at metaphase II of

meiosis (MII) as recipients in which their genomes are completely inactivated using

a laser-firing device. The donor cells are delivered through the micropyle prior to

activation of the reconstructed embryos. In doing so, the recipient eggs are at MII

stage from the time of nuclear transfer until we purposely trigger egg activation.

Cloned embryos are manipulated with their chorion intact; thus less injury is

inflicted on the embryos. For verification of cloned zebrafish, we describe a geno-

typing method using selected set of 11 single nucleotide polymorphism (SNP)

markers (Siripattarapravat et al., 2009b), and also perform a phenotypic screening

and a karyotyping by replication-banding as well (Amores and Postlethwait, 1999).

The following is a step-by-step protocol for zebrafish SCNT, including a preparation

of Chinook salmon ovarian fluid, easily one of most important reagents for the

success of our technique (Fig. 1).
A. Chinook Salmon Ovarian Fluid (CSOF)
The ovarian fluid of Chinook salmon (Oncorhynchus tshawytscha) is used

because it known as the best source of zebrafish-egg holding media. In our experi-

ence, Chinook Salmon Ovarian Fluid (CSOF) could maintain zebrafish eggs at

metaphase II of meiosis for up to 6 h (Siripattarapravat et al., 2009a). With the help

of egg taker’s crews (Michigan Department of Natural Resources), Chinook salmon
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Fig. 1 Timeline for somatic cell nuclear transfer in zebrafish. (See color plate.)
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were retrieved from little Manistee weir around fall–winter transition period (mid-

September to October). The CSOF is collected and tested as following.
1. Preparation for a Field Work
We used zebrafish breeding apparatus (Rough filter units and reservoirs, with

1 mm2 stainless grid) to separate the eggs from the ovarian fluid. Other strainer that

could allow separation of salmon eggs and ovarian fluid might be used in conjunc-

tion with any kind of reservoir. Paper towels are used to clean the genital area prior to

egg collection to avoid contamination of water. Other miscellaneous items should be

prepared including the following: conical tubes (50 mL), permanent markers, ice

boxes and ice, boots and aprons, and plastic bottles with caps (500 mL) for pooling

fluid of several females.
2. Collection of Ovarian Fluid
Salmon is anesthetized with tricaine (MS222) and the abdominal area is carefully

dried out prior to egg taking to avoid water contamination. Positive air pressure is

then in the abdominal cavity of the salmon to release eggs and ovarian fluid into a

plastic can. During this time, care should be taken to avoid contamination of blood

and feces since they can lower the quality of ovarian fluid. The ovarian fluid is

separated from salmon eggs using a strainer. The quality of CSOF is assessed

grossly: good quality fluid should be clear to off-whitish in color, and may contain

few cell debris without broken eggs or blood contamination. In case of fecal con-

tamination, the fluid turns greenish in color. A pathological examination, if appli-

cable, should be done on site to avoid collection of CSOF from sick fish. CSOF

should be placed on ice soon after collection. The fluid is stored and tested either

individually – each batch from a single female — or as a pool of several females.
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3. Storage
CSOF is aliquot into 50 mL conical tubes, and spun down at 8000 rpm for 10 min

in a refrigerated centrifuge (4 �C). If floating sediment is observed, it is removed

using a pasture pipette. The fluid is gently poured into a collecting bottle without

reaching the sediment part.We recommend setting aside aliquots of 12 mL from each

batch for quality testing prior to use. The batch number and collection date should be

labeled properly and the CSOF stored in vacuum-sealed bags in a �80 �C freezer.
4. Quality Control
Aliquots of CSOF are thawed and their quality is tested using in vitro fertilization

(IVF). The standard protocol for IVF has been described in the zebrafish book

(Westerfield, 1993). Prior to use, CSOF is filtered through 0.22 mm membrane.

Eggs are collected from at least three females and placed directly into CSOF.

Approximately 30 eggs are fertilized hourly with freshly prepared milt, and for up

to 6 h post egg collection. The developmental rate is recorded at blastula, day 1 post

fertilization (pf), and hatch fry, with indicative numbers of the abnormal embryos

obtained. Good quality CSOF shouldmaintain a fertilization rate in the first 3 h post-

collection as high as 80%. So that the recipient eggs could be maintained at MII

throughout the SCNT operation.
5. Preparation of Stock Solution
Batches of CSOF that have passed the quality control described in 4 are thawed in

water at room temperature, occasionally shaking and changing thewater tominimize

thawing time. CSOF is filtered through 0.22 mM(largest) top filter unit. Note that the

fluid is very thick and slowly passed through the filter. The tested and filtered CSOF

are fractioned into aliquots of 12 mL in plastic tubes with caps, labeled, and stored in

�80 �C freezer until used for SCNT. A small portion of CSOF from a same batch is

used to prepare: 5% PVP in CSOF (aliquots of 1 mL each) and kept in an �80 �C
freezer. We prefer to use a same batch of CSOF in each manipulation to minimize

confounding factors.
B. Somatic Cell Nuclear Transfer (SCNT)
The following is a protocol that circumvents the challenge of using MII eggs as

recipient cells for SCNT. Our technique, including laser-assisted inactivation of the

egg genome and the delivery of the donor cell through the egg’smicropyle, allows for

a tight control of the egg’s cell cycle stage.
1. Breeding Pairs
The day before SCNT manipulation, breeding pairs are prepared in a breeding

tank. In general, we prepared only one pair of fish per breeding tank and set up at
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least ten pairs. As soon as the light comes, the breeding pairs are allowed to start their

courtship behavior. In general, the male would strip the female multiple times over

the course of one breeding session. The breeding pairs are separated once the female

spawns the first few eggs. The naturally fertilized embryos are collected for quality

control and monitored for cleavage.
2. Preparation: Reagents and Micromanipulators
Frozen aliquots of CSOF, 5% PVP in CSOF, and MS222, are thawed out in a water

bath at room temperature.All reagents are prepared in Falcon dishes as shown in Fig. 2.

Micromanipulators are set up as shown in Fig. 3; an egg holder with a

CellTram1Air (Eppendorf) is connected to one side, and on the other side, an

injection needle and a supporting needle with CellTram1 Oil (Eppendorf) are also

set. It is important that the injection needle and the supporting needle are aligned in

parallel. As long as this type of needle setting is allowed, other models of micro-

manipulators may be used as well.
[(Fig._2)TD$FIG]

Fig. 2 Reagents for zebrafish SCNT. (See color plate.)

[(Fig._3)TD$FIG]

Fig. 3 Micromanipulators. (See color plate.)
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3. Recipient Eggs
We evaluate the quality of natural fertilized (NBD) embryos prior to egg collec-

tion using cleavage rate and spontaneous activation. A clear sign of proper fertili-

zation is established in the presence of embryos that developed timely and with a

well-demarcated cytoplasm. Good egg activation is judged by the display of a

chorion that is fully and uniformly separated from the egg. We only stripped eggs

from females that gave good quality embryos. Egg isolation is done as previously

described with slight modifications (Westerfield, 1993). Briefly, the female is anes-

thetized with MS222, rinsed in fish water, and placed on Kimwipe1 slit supported

by the operators’ thumb and index fingers (Fig. 4). The abdominal area is fully dried

with Kimwipe1. We gently applied pressure on lateral abdomen with two fingers,

and then using a glass rod the eggs are gradually stripped out by applying gentle

pressure from the anterior part of abdomen toward the genital opening. Eggs are

released directly into CSOF. The biopsy of the caudal fin of the female egg donor is

also collected at the same time for subsequent genotypic analysis.

The morphology of the MII eggs is assessed for their quality under a stereoscope.

Good eggs are granular and yellowish in color. It is not recommended to use eggs

with mixed quality, i.e., containing lots of cell debris, or some showing signs of

spontaneous activation. Eggs are stained with Hoechst33342 (50 mg/mL in CSOF) in

dark-moist chamber for exactly 20 min. Hoechst33342 should be carefully mixed

with CSOF as precipitation may affect DNA staining. Stained eggs are moved back

to CSOF until used as recipient eggs for SCNT.
4. Donor Cells
Donor cells are prepared just prior to their use. The protocol varies depending

upon the source of the donor cells. For freshly isolated cells taken from embryos,

we separate tail buds out from a 15–24 hpf old larvae, and mince them briefly in

LHC media. Embryos in LHC are mixed using a ratio of 1:1 with 0.05% trypsin
[(Fig._4)TD$FIG]

Fig. 4 Egg collection.
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EDTA. Trypsinization is done for 10 min at room temperature. An equal volume

of 5% FBS is added in LHC to inhibit trypsinization. Cells are centrifuged at

1200 rpm for 5 min, and the supernatant is discarded. Cells are washed with 5%

FBS in LHC, and collected after another round of centrifugation. The cell pellet is

briefly disassociated by gently pipetting and then mixed in 1% PVP in D-NAC

without serum. For adherent cell cultures, cells are washed twice with LHC, and

trypsinized using 0.025% Trypsin EDTA in LHC. The 5% FBS is added in LHC

to inhibit enzymatic reaction, and then the same washing protocol described above

is followed.
5. Micromanipulation
For SCNTmanipulation, stained eggs arewashed in 5%PVP inCSOF, and placed in

amanipulation drop. A laser XYClone 40� objective lens is set at 100% power with a

500 mS pulse. The egg’s metaphase plate is located using a micropyle as a landmark,

under 4� objective lens. The egg then rotated and aligned to have its animal pole

facing the bottom of the dish. The egg is then gently sucked with the holding pipette.

We used both the supporting needle and the injection needle to help in fixing the

position of the egg, and to press it closer to the bottom of a dish. The fluorescence-

stained metaphase plate of the egg is located first under a 20� objective lens and UV

light. Then using theXYClone 40� objective lens, themetaphase plate is alignedwith

the laser target and a double firing is aimed at the metaphase plate. This procedure is

repeated for the remaining eggs (generally five eggs are manipulated at once). Note

that both the viewing of the metaphase plate and the ablation of it are more intense –

more effective – when closest to the bottom of the manipulation dish.

Donor cells are placed in a separate drop in the same manipulation dish and

allowed to settle at the bottom. It is important to avoid placing of many cells in a

drop, as later cell selection could be difficult. Donor cells are individually selected

and placed in the injection needle (under 20� objective lens). The needle used for

injection is a traditional ICSI needle normally used for human IVF, but with a

small internal diameter so that the cytoplasmic membrane brakes at suction. Note

that the size of the injection needle varies depending upon the type of cells used.

The donor cell, with disrupt cytoplasmic membrane, is moved to a manipulation

drop. The enucleated egg is realigned to have its micropyle facing the injection

needle, and gentle pressure is applied through a holder to fix the egg in place

(under 4� objective lens). It is important to align the micropylar pit in parallel

with the injection needle to facilitate the cell transfer. The micropyle has the shape

of a cone, with a small pit at the end, so we must use an injection needle with bevel

tip to guide it through the pit. In our experience, an injection needle as large as

10 mm in diameter can pass through the micropyle. If the tip of injection needle is

not located at the micropylar pit, it is impossible to pass through easily and could

injure the embryo. We recommended using an injection needle to glide along a

micropylar cone toward the deepest part, where the micropylar pit is located. A

single nucleus is then transferred through the micropyle. We generally pick one
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cell at a time. A total of five eggs are manipulated in a given round, and processed

for the next step.
6. Post-micromanipulation
The reconstructed embryos are washed once in CSOF (CSOF wash #1) to remove

PVP, and then incubated in CSOF (CSOF wash #2) for 15 min. Prior to activation,

the embryos are washed twice in H-BSA. We used embryo medium to activate the

reconstructed embryos at room temperature, and then culture the embryos at 28 �C.
We record development at blastula (3 h post nuclear transfer – hpNT), sphere

(4 hpNT), germ ring (6 hpNT), 90% epiboly (9 hpNT), 1 day, 2 days, 3 days (hatch),

4 days, and continued every day until the larvae starts eating and reaching adulthood.
7. Quality Control IVF
After the last SCNT group is finished, IVF is performed in the eggs that were not

used. The milt is freshly prepared from the male of the same breeding pair, and kept

in HBSS (10 mL). The concentration and motility of sperms are evaluated under a

microscope prior to using it. IVF is performed as previously described with slight

modification (Westerfield, 1993). Briefly, eggs arewashed twice in H-BSA, and then

moved to a new culture dish (60 mm2 Falcon) with small amount of H-BSA. Pre-

evaluated milt is added in conjunction with embryomedia (approximately 500 mL to

1 mL), mixed, and left untouched for at least 3 min. Fertilized eggs are thenmoved to

a culture dish with 5 mL of embryo media and cultured at 28 �C.
II. Materials
�
1.
 CSOF—pre-tested using IVF is stored in aliquots at �80 C.
2.
 CSOF with 5% Polyvinylpyrrolidone (Sigma-Aldrich, St. Louis, MO) can be

dissolved at 4 �C overnight, filtered, and stored at �80 �C.

3.
 Hank’s balance solution (HBSS)with Ca2+ and Mg2+ (Gibco, Carlsbad, CA).
4.
 50 mg/mL Hoechst 33342—bisBenzimidetrihydrochloride (Sigma-Aldrich, St.

Louis, MO) in CSOF for egg’s DNA staining, 1 mL of Hoechst stock solution

(50 mg/mL in HBSS, kept at �20 �C) is added to 1 mL of CSOF prior to use.
5.
 0.5% Bovine serum albumin (Sigma-Aldrich, St. Louis, MO) in HBSS—

HBSA, stored at �80 �C.

6.
 LHC basal media (Gibco, Carlsbad, CA).
7.
 0.05% Trypsin EDTA (Gibco, Carlsbad, CA).
8.
 5% Fetal bovine serum—FBS (Hyclone, Logan, UT) in LHC basal media.
9.
 1% PVP in D-NAC—DMEM(Gibco, Carlsbad, CA), supplemented with 2mM

N-acetyl-L-cysteine (Sigma-Aldrich, St. Louis, MO), 1 mM ascorbate-2-phos-

phate (Sigma-Aldrich, St. Louis, MO), and 10 ng/mL bovine insulin (Sigma-

Aldrich, St. Louis,MO) for a drop of donor cells, stored at 4 �C for up to 1month.



12. Method for Somatic Cell Nuclear Transfer in Zebrafish 217
10.
 Plastic petridishes (BD FalconTM); 35 mm2, 60 mm2, and 100 mm2.
11.
 Fire polished glass pipettes with approximately 1 mm diameter, and screw

pipettor.
12.
 Glass pipette for micromanipulators; holder (200–300 mm, inner diameter–ID

with fire polished), supporting needle (20 mm, ID, just cut straight), and intra-

cytoplasmic sperm injection—ICSI needle (select size according to a type of

donor cells, Humagen, Charlottesville, VA).
13.
 Embryo medium (Westerfield, 1993).
14.
 Thermo-plate and incubator set at 28.5 �C.

15.
 Fluorescence inverted microscope with UV filter and micromanipulation set.
16.
 Laser-assisted enucleation, 40� objective lens – XYClone module (Halminton

Throne Biosciences, Beverly, MA).
References
Amores, A., and Postlethwait, J. H. (1999). Banded chromosomes and the zebrafish karyotype.Methods

Cell Biol. 60, 323–338.

Amsterdam, A., Nissen, R. M., Sun, Z., Swindell, E. C., Farrington, S., and Hopkins, N. (2004).

Identification of 315 genes essential for early zebrafish development. Proc. Natl. Acad. Sci. U. S. A.

101, 12792–12797.

Balciunas, D., Davidson, A. E., Sivasubbu, S., Hermanson, S. B., Welle, Z., and Ekker, S. C. (2004).

Enhancer trapping in zebrafish using the Sleeping Beauty transposon. BMC Genomics 5, 62.

Doyon, Y., McCammon, J. M., Miller, J. C., Faraji, F., Ngo, C., Katibah, G. E., Amora, R., Hocking, T. D.,

Zhang, L., Rebar, E. J., Gregory, P. D., Urnov, F. D., and Amacher, S. L. (2008). Heritable targeted gene

disruption in zebrafish using designed zinc-finger nucleases. Nat. Biotechnol. 26, 702–708.

Grunwald, D. J., and Streisinger, G. (1992). Induction of recessive lethal and specific locus mutations in

the zebrafish with ethyl nitrosourea. Genet Res. 59, 103–116.

Lee, K. Y., Huang, H., Ju, B., Yang, Z., and Lin, S. (2002). Cloned zebrafish by nuclear transfer from long-

term-cultured cells. Nat. Biotechnol. 20, 795–799.

Meng, X., Noyes, M. B., Zhu, L. J., Lawson, N. D., and Wolfe, S. A. (2008). Targeted gene inactivation in

zebrafish using engineered zinc-finger nucleases. Nat. Biotechnol. 26, 695–701.

Nagayoshi, S., Hayashi, E., Abe, G., Osato, N., Asakawa, K., Urasaki, A., Horikawa, K., Ikeo, K., Takeda,

H., and Kawakami, K. (2008). Insertional mutagenesis by the Tol2 transposon-mediated enhancer trap

approach generated mutations in two developmental genes: tcf7 and synembryn-like. Development

135, 159–169.

Nasevicius, A., and Ekker, S. C. (2000). Effective targeted gene ‘‘knockdown’’ in zebrafish. Nat. Genet.

26, 216–220.

N€usslein-Volhard, C., and Dahm, R. (2002). Zebrafish: A Practical Approach. Oxford University Press,

Oxford.

Siripattarapravat, K., Busta, A., Steibel, J. P., and Cibelli, J. (2009a). Characterization and in vitro control

of MPF activity in zebrafish eggs. Zebrafish 6, 97–105.

Siripattarapravat, K., Pinmee, B., Venta, P. J., Chang, C. C., and Cibelli, J. B. (2009b). Somatic cell nuclear

transfer in zebrafish. Nat. Methods 6, 733–735.

Solnica-Krezel, L., Schier, A. F., and Driever, W. (1994). Efficient recovery of ENU-induced mutations

from the zebrafish germline. Genetics 136, 1401–1420.

Westerfield, M. (1993). The Zebrafish Book: A Guide for the Laboratory Use of Zebrafish (Brachydanio

rerio). University of Oregon Press, Eugene, OR.

Wilmut, I., Schnieke, A. E., McWhir, J., Kind, A. J., and Campbell, K. H. (1997). Viable offspring derived

from fetal and adult mammalian cells. Nature 385, 810–813.



PART 3
The Zebrafish Genome and Mapping
Technologies





CHAPTER 13
METHODS IN CELL BIOL
Copyright 2011, Elsevier Inc.
Single Nucleotide Polymorphism (SNP)
Panels for Rapid Positional Cloning in
Zebrafish

Matthew D. Clark*, Victor Guryevy, Ewart de Bruijny,
Isaac J. Nijmany, Masazumi Tadaz, Catherine Wilsonx,
Panos Deloukas*, John H. Postlethwaitx, Edwin Cuppeny and
Derek L. Stemple*
*Wellcome Trust Sanger Institute, Wellcome Trust Genome Campus, Hinxton, Cambridge, UK

yCancer Genomics Center, Hubrecht Institute and University Medical Center Utrecht, Utrecht, The
Netherlands

zDepartment of Cell and Developmental Biology, University College London, Gower Street, London, UK

xInstitute of Neuroscience, 1254 University of Oregon, Eugene, OR, USA
OGY,
All rig
Abstract

I.
 Introduction

II.
 Extraction of Zebrafish Genomic DNA
VOL
hts r
A.
104
eserve
Adult Fin Clips

B.
 Zebrafish Larvae
III.
 Affymetrics Molecular Inversion Probe Panel

A.
 SNP selection

B.
 MIPs Protocol

C.
 Strain Polymorphism

D.
 Genetic Mapping

E.
 Pooling Tests

F.
 Bulk Segregant Mapping
IV.
 Suggested Mapping Strategy

V.
 General Considerations
A.
 Genetic Diversity

B.
 Usefulness of the SNP Panel
References
d. 221
0091-679X/10 $35.00

DOI 10.1016/B978-0-12-374814-0.00013-6

http://dx.doi.org/10.1016/B978-0-12-374814-0.00013-6


222 Matthew D. Clark et al.
Abstract
Despite considerable genetic and genomic resources the positional cloning of

forward mutations remains a slow and manually intensive task, typically using gel

based genotyping and sequential rounds of mapping. We have used the latest genetic

resources and genotyping technologies to develop two commercially available SNP

panels of thousands of markers that can be used to speed up positional cloning.
I. Introduction
Even with a dense map of 3842 simple sequence length polymorphisms (SSLPs)

on the MGH meiotic panel (Shimoda et al., 1999), 4073 predominately coding

markers on the doubled haploid mapping panel (Woods et al., 2005) and a near

complete genome sequence (http://www.sanger.ac.uk/Projects/D_rerio/) the posi-

tional cloning of mutations can still be time consuming. SSLPs while highly poly-

morphic between strains do not lend themselves to a highly parallel approach, and

only a small subset are useable as agarose scorable markers rather than on radioac-

tive polyacrylamide gels (Geisler et al., 2007). The T51 Radiation Hybrid (RH)

panel provides the densest and highest resolution map (Geisler et al., 1999).

However, doubled haploid and RH panel markers are, however, based largely on

coding sequences and as such are not as polymorphic as SSLP markers.

Furthermore, in assembling the genome we have noted that the T51 panel, while

accurate over short distances, disagrees with meiotic panels and the physical maps

over longer distances. It is possible that the AB9 cell line used to make both RH

panels (LN54 and T51) (Hukriede et al., 1999; Kwok et al., 1998) had undergone re-

arrangements. Indeed a large part of the improvements in genome assembly from

Zv8 onwards were due to the implementation of a marker weighting scheme that

took this into account, giving more weight to meiotic map placements than to RH

map placements (see http://tinyurl.com/5trm9uz). Thus while there are significant

marker resources, there is a continuing need for more markers, especially those that

are polymorphic, meiotically mapped, and are amenable to high throughput geno-

typing, both for better genome assembly and to accelerate the cloning of mutants.

Well over 650,000 candidate SNPs have been mined from sequence traces from

the Washington University Zebrafish EST project (Clark et al., 2001) and the

Wellcome Trust Sanger Institute’s zebrafish genome sequence, with confirmed

polymorphism rates of 65–86% (Bradley et al., 2007; Guryev et al., 2006). In

addition to providing many more markers, high throughput SNP genotyping tech-

nologies with over one million markers typed in parallel (Frazer et al., 2007) (see

also http://tinyurl.com/66knryp) are now widely available. Most researchers have

access to these genotyping platforms through core facilities, or commercial services.

A previous Zebrafish SNP microarray contained only 599 SNPs (optimized for the

C32 and SJD strains) at 234 unique map positions with a mean sex averaged distance

between markers of 9.8 cM (Stickney et al., 2002) but required many PCR ampli-

fications before pooling and SNP detection, and was not widely adopted.

http://www.sanger.ac.uk/Projects/D_rerio/
http://tinyurl.com/5trm9uz
http://tinyurl.com/66knryp
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We have constructed a SNP panel where all 3212 SNPs are assayed simulta-

neously, using molecular inversion probes (MIPs) technology (Hardenbol et al.

2005). A single experiment can be used to screen all 3212 SNPs at once for coarse

mapping. In addition we have designed and validated a subset of 1072 SNPs, which

can be used individually as PCR based assays using an allele specific amplification

method known as KASPar (Cuppen, 2007). Both panels are commercially available

fromAffymetrix (MIPs) andKBiosciences (KASPar), respectively. Data files for the

SNP assays described here are available from the Vertebrate Development and

Genetics page at the Wellcome Trust Sanger Institute (http://tinyurl.com/3bsoolv).

Using these panels we have characterized the genotypes and genetic relationships

of nine common zebrafish strains, have more than doubled the number of confirmed

zebrafish SNPs, and added 971 markers to the Heat Shock genetic map (Kelly et al.

2000; Woods et al., 2005). Finally we have also used these methods to map a

mutation with the commonly used bulk segregant approach. We believe that with

this commercially available SNP panel, a single researcher could roughly (5-10cM

resolution) map up to 96 mutations a week and identify SNPs polymorphic in their

cross for finer mapping on individuals, for example by KASPar.
II. Extraction of Zebrafish Genomic DNA
MIPs assays use more concentrated DNA than standard genotyping PCRs, thus

any contaminants would also be more concentrated. For MIPs, we use a pheno

chloroform isoamylalcohol (PCI) extraction step to make cleaner DNA. For

KASPar, since less DNA is needed per reaction, we have used standard proteinase

K digestions, heat killing the proteinase and diluting before use, though we obtain

better results after precipitation and re-suspension. Both protocols can easily be

carried out in 96-well microtiter plates.
A. Adult Fin Clips
This protocol scales well in our hands and has better yields than kits we have tried

Using a 96-tip pipetting robot (e.g., Agilent Bravo or Robbins Hydra) allows easy

removal of the supernatant from above the phenol phase. This can also be achieved

by multi-channel pipette. Starting at an outer row, and using bevelled tips, judge by

eye (through the plate wall) the level of the phenol, and move the tips�2 mm above

this to pipette the supernatant – now note the position of the plate edge relative to the

tips, and use the same tip height for rows where you cannot view the tips and

meniscus through the plate wall.

Briefly, caudal fin clips are collected into 2 ml Corning 96 Well Clear V-Bottom

2 ml Polypropylene Blocks (Corning Costar Catalogue # 3961) containing 400 ml o
ProtK Buffer: (100 mM Tris-HCl pH 8.0, 200 mM NaCl, 0.2% SDS, 5 mM EDTA

pH 8.0 and 100 mg/ml proteinase K). After heat-sealing the plates (Agilent PlateLoc

Thermal Plate Sealer), fins are digested overnight at 55 �C floating in a large water

bath. The proteinase K is heat inactivated by 30 min at 80 �C in the water bath. The

http://tinyurl.com/3bsoolv
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plate is cooled to room temperature, and 400 ml of PCI is added to each well, the

plate is re-sealed and mixed by inversion. After 10 min at 4000 rpm, 300 ml of the
supernatant is added to a new Corning plate already containing 300 ml of isopropa-
nol. Plates are re-sealed, mixed by inversion and precipitated for 30 min at 4000 rpm.

The pellets are washed and spun twice for 10 min at 4000 rpm with 500 ml of 70%
ethanol, the wash solution is removed by inversion, and draining on tissue paper (in

these Corning plates the pellets stick well) finally the pellet is air dried including a

final 15 min at 70 �C in a hot air oven to remove the last traces of ethanol, and

dissolve overnight at 4 �C in 20 ml of T0.1E (10 mM Tris-HCl pH 8.0, 0.1 mM

EDTA pH 8.0), heat-sealed, and heated for 10 min in a 70 �C oven. DNA concentra-

tions must be calculated using Picogreen fluorescence (Invitrogen) against standards

using a Qubit (Invitrogen) or in a fluorescent plate reader (e.g., Pherastar from BMG

labtech). A spectrophotometer can give inaccurate readings due to organic solvents,

RNA, and protein contaminants. We routinely obtain 1–5 mg depending on fin size.
The concentration is adjusted accordingly to the Picogreen readings to a final of

75 ng/ml, either by hand, or results can be fed into a pipetting robot.
B. Zebrafish Larvae
Assemble single embryos in a 96-well-rigid skirted PCR plate, for example an

ABgene Thermo-fast 96 skirted (Catalogue # AB-0800), in which each well is pre-

filled with 100 ml of 100% methanol and stored at -20 �C. Remove the methanol

when ready to prepare DNAs. Dry embryos completely on heating block (until they

jump in their wells). Add 25 ml 2.0 mg/ml proteinase K in TE (10 mM Tris-HCl pH

8.0 and 1 mMEDTA pH 8.0). Digest at least 4 h at 55 �C. Heat inactivate for 30 min

at 75 �C. DNAyields vary especially depending on developmental stage; for exam-

ple, one 3-day fry gives about 100–150 ng DNA. For KASPar assays, 5–50 ngwill be

sufficient (approximately 4 ml of a 4x to 20x dilution in ddH2O). If assays are newor

problematic, then DNAs can be cleaned by precipitation in plates by the addition of

2.5 ml 3 M sodium acetate pH 5.2, and 20 ml isopropanol, mixed by pipetting,

precipitated for 30 min at 4 k rpm, washed with 100 ml of 70% ethanol, wash

solution is drained off by inversion and traces removed by heating in a PCR block

for 2 min at 70 �C, the pellet is dissolved in 10 ml of T0.1E (10 mMTris-HCl pH 8.0

and 0.1 mMEDTApH 8.0 to a final concentration of�10 ng/ml) and heated to 70 �C
for 2 min.

For MIPs, 1 mg is needed for each bulk segregant pool. Take half the DNA from

each fry after digestion, assemble mutant and sibling pools of 12–48 fry, extract the

pools with an equal volume of PCI (Phase Lock Gel Tubes from Eppendorf or

MaXtract tubes fromQiagen make this easier) and then precipitate with 0.6 volumes

of isopropanol and 0.1 volumes of sodium acetate pH 5.2, wash pellet with 1 ml 70%

ethanol, air dried and re-dissolve in 20 ml T0.1E (10 mM Tris-HCl pH 8.0, 0.1 mM

EDTA) and heat to 70 �C for 2 min. Take 1 ml to quantify using Picogreen assay, and
adjust the concentration to 75 ng/ml.



13. Single Nucleotide Polymorphism (SNP) Panels for Rapid Positional Cloning in Zebrafish 225
III. Affymetrics Molecular Inversion Probe Panel
TheMIPs technology is a development of padlock probes (Nilsson et al., 1994) that

allows up to 10,000 SNPs to be assayed simultaneously (Hardenbol et al., 2005) and is

an attractive platform for the rapid design and testing of new SNP panels. In MIPs, a

long probe with both ends targeting a SNP’s flanking sequence and containing a

unique 25 bp ‘‘barcode’’ is manufactured, these can then be pooled together (up to

10,000 probes) and hybridized to the same genomic sample overnight in a PCR

machine. After hybridization, the 5’ and 3’ ends of each long oligonucleotide are

designed to match the genomic sequence flanking a SNP such that the SNP base is a

1 bp gap between the ends of the oligonucleotide. At this point, the hybridized samples

are split into four (all subsequent steps from hereon are carried out on these split

reactions until ready to be hybridized to the Affymetrix Array), and four single base

polymerase extension reactions each with just one of the four bases A, C, G, and T is

carried out. In a correctly extended probe, the two ends of the probe (still hybridized on

the genomic DNA) now abut, and a ligation reaction generates a circular single

stranded DNA molecule. At this point all non-circular probes are destroyed by exo-

nuclease digestion. Within the circularized probes there are two universal primer sites

which point towards each other (this is the molecular inversion as before circulariza-

tion they pointed away from each other and towards the ends of the DNA molecules),

small amplicons (also containing the unique 25 bp barcodes) can now be PCR ampli-

fied only from circularized probes. Four amplifications are carried out on the split

reactions, which were extended with the four separate nucleotides, and each amplicon

is labeled with a primer specific to that base. The reactions can then be fragmented,

pooled, and hybridized to the Affymetrix Universal Tag Arrays, to which the barcodes

hybridize. The barcodes identify the SNP assays, and single base extensions and

subsequent four-color labeling identifies the base(s) added at that position.

The MIPs technology is highly specific because of the controlled hybridization,

extension by a high fidelity polymerase, and by the specificity of the ligase. More

details on the MIPs technology, and the use of MIPs in genotyping project are

available here: (Absalan and Ronaghi, 2007). In addition, the design requirements

for theMIPs probes is very similar to that for the allele specific amplification Kaspar

assay, which also uses a single base extension and PCR andmaximizes the likelihood

that the multiplexed MIPs assays will work as single assays across many individuals

for fine mapping.
A. SNP selection
At the time of selection, there were two previous publications on Zebrafish SNPs,

both identifying SNPs in gene transcripts (Guryev et al., 2006; Stickney et al., 2002).

Stickney et al. characterized SNPs in genes already mapped by single stranded

conformation polymorphism (SSCP) on the basis of polymorphisms between C32

and SJD strains. The Guryev et al. data set contains over 50,000 predicted SNPs by

comparing EST traces from the Washington University Zebrafish EST project
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(Clark et al., 2001), generally taken from known strain cDNA libraries (e.g., SJD,

C32, and AB), to genomic sequence traces from the Sanger Zebrafish genome

project (T€ubingen strain). More recently a set of SNPs has been defined by com-

paring whole genome shotgun reads to finished clones from the zebrafish genome

sequencing project (Bradley et al., 2007). Since the genome project is based on

T€ubingen strain this should largely identify intra-T€ubingen SNPs and the majority

will be intergenic SNPs.

In our SNP selection, we prioritized experimentally confirmed SNPs over pre-

dicted SNPs (confirmed SNPs are those that are experimentally polymorphic in at

least one comparison of the AB, C32, TL, Tu, and WIK strains). We also required

that SNPs could not overlap or be within 50 bp of an already placed SNP, finally we

attempted to generate an even spread across the genome.

The selection consists of four SNP subsets:
1.
 Confirmed SNPs from Guryev et al. (190 SNPs).
2.
 Confirmed SNPs from Stickney et al. (66 SNPs).
3.
 High-quality predicted SNPs from Guryev et al, with each allele confirmed by

two reads with a Phred quality score (Ewing and Green, 1998; Ewing et al., 1998)

of at least 20 (1245 SNPs).
4.
 High-quality predicted SNP from Guryev et al., where one of the alleles was

confirmed with only one read, that has a Phred quality over 30 (6837 SNPs).

We used all of subsets 1, 2, and 3 (1501 SNPs), and then we sampled through

subset 4 to fill up to a total of 3501 and to get an even distribution of SNPs

throughout the zebrafish linkage groups, filling as many gaps above 158 kbp as

possible (Fig. 1). We added another set of SNPs, 20 ENU-induced STOP codons

from the Sanger Zebrafish Mutant Resource project, which we reasoned would not

occur in wild type populations. We submitted 3521 SNPs with flanking sequences

to Affymetrix for assay design and 3212 were designed and manufactured by

Affymetrix.

Based on the genotyping data from the MIPs panel a 1078 SNPs subset was

selected for KASPar assays. These SNPs were selected based on performance in

the MIPs assay across a selection of diverse strains (call rates differ across strains,

especially when more divergent from the T€ubingen reference genome). The criteria

were high call rate in MIPs (>90%), a high reproducibility rate (>95%), a minor

allele frequency (MAF) of greater than 0.05, and were called and polymorphic

between at least two of the commonly used strains (AB, T€ubingen LongFin,

Hubrecht LongFin and Wik). Assays were designed and tested by KBiosciences,

genotyping four fish for each of the four strains with duplicate reactions.
B. MIPs Protocol
We carry out MIPs assays according to the manufacturer’s instructions except we

use 1 mg of DNA instead of the suggested 2 mg. Since the zebrafish genome is about
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Fig. 1 SNPs in the MIPs panel displayed in relation to zebrafish chromosomes. Experimentally

confirmed SNPs from Set 1 (Stickney et al., 2002) and Set 2 (Guryev et al., 2006) are blue, high-quality

predicted SNPs from Set 3 are red, and lower-quality predicted SNPs from Set 4 are gray. Original colour

pictures are available from Vertebrate Development and Genetics page at the Wellcome Trust Sanger

Institute (http://tinyurl.com/3bsoolv). (See color plate.)
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half the size of human the concentration of any single copy locus will be the same. A

control DNA from a single Hubrecht Long Fin male was included in each plate.

For analysis, we use the standard Affymetrix Targeted Genotyping software with

default settings. For quality control:
(1)
 The coefficient of variation of control elements must be less than 30%.
(2)
 The median ratio of allelic signals to non-allelic signal must be greater than 20.

For each assay, there are only two pre-defined bases. This can cause problems in

tri- or quad- allelic systems but these are rare.
(3)
 Greater than 80% of the 3212 SNPs must be called on a sample for it to be

included.
(4)
 Less than 10% of SNPs should be marginally called (the genotype appears

between homozygous and heterozygous, see below for more details on calling

genotypes). Pooled samples often fail this, but can be manually passed if they

pass the other criteria.
After QC and normalization calls are assigned to homozygous and heterozygous

genotypes, for example AA, AB, and BB calls, based on the ratio of signals for each

http://tinyurl.com/3bsoolv
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barcode (SNP assay) in each of the four colors (bases). Only the two known alleles

(bases) designated during design are considered. A confident homozygous call has

>80% of the signal in one channel, and a confident heterozygous call has >90% of

all the signal in the two channels and at a ratio of close to 1:1. Many assays cannot be

confidently assigned and are marked as marginal. Such marginal calls are then

clustered together with the confident calls for each SNP assay, and marginal calls

are assigned to the close genotypes using the allele ratio to measure distance.

Because of this clustering poor experiments (or pooled experiments) if manually

passed increase the misassignment of calls. Thus, it is worth deleting poor experi-

ments, and keeping a copy of a core set of high quality experiments across wild type

strains with which to cluster your experiments.

Note: This system requires the use of an Affymetrix four-color GeneChip Scanner

3000 7G, which is less common than the standard one-color models. Check with

your genotyping core or service provider.
C. Strain Polymorphism
Our first tests were on the common strains. We fin clipped, prepared DNA, and

genotyped 12 fish of each of the common strains using our MIPs assay: T€ubingen,
T€ubingen LongFin, AB, and Wik as well as some less common inbred strains SJD

and C32, and the G0 founders of the MGH cross (Knapik et al., 1996). The result of

the genotyping of an inbred (SJD) and outbred line (T€ubingen) as seen by

Affymetrix’s supplied software is shown in Fig. 2.

Using the 2221 SNPs that passed the quality control criteria described above, we

discretized the calls into A (Homozygous for A allele), B (Homozygous for B allele),

and C (Heterozygous). This makes the data anonymous with respect to the allele

type, and the nucleotide types. The tree in Fig. 3 was generated using this data and

fpars, which is part of the Phylip package http://evolution.genetics.washington.edu/

phylip.html (Felsenstein, 1989). Due to the results of these experiments, we split two

different strains that we originally thought were both the T€ubingen Long Fin strain

into two groups, T€ubingen Long Fin and Hubrecht Long Fin. The Hubrecht Long Fin
strain was used to generate ENU libraries for Zebrafish Mutation Resource and was

originally obtained from a Hubrecht pet shop.
D. Genetic Mapping
We had already tested the G0s of the two main meiotic panels MGH and Heat

Shock. We decided to genotype the other 42 members of the heat shock panel. On

this cross 1072 SNPs appeared to be polymorphic, of which 997 could be assigned a

map position with high confidence when merged with the extant markers (Kelly

et al., 2000; Woods et al., 2005). These markers were added to the data used in the

genome assembly from Zv8 onwards, and are present in ENSEMBL (Flicek et al.,

2011) in the marker DAS track.

http://evolution.genetics.washington.edu/phylip.html
http://evolution.genetics.washington.edu/phylip.html
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Fig. 2 Results of genotyping 3212 SNPs on individual fish. Each position is the result of one of the

3212 SNP assays. Red is homozygous XX allele, green is homozygous YY, blue is heterozygous (XY),

and black are assays that could not be called. (A) The genotype of a single male of the SJD strain, a highly

inbred line (1.3% heterozygous); (B) the genotype of a single male from the T€ubingen strain, which is not

an inbred line (8.3% heterozygous). Original colour pictures are available from Vertebrate Development

and Genetics page at the Wellcome Trust Sanger Institute (http://tinyurl.com/3bsoolv). (See color plate.)
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E. Pooling Tests
To be able to use bulk segregant mapping it is important to be able to identify

alleles within a pooled population. To test this requirement, we picked rare induced

ENU alleles from the Zebrafish Mutation Resource (TILLING) project, as these

ENU induced alleles were seen only once in over 6000 sequenced fish. In serial

twofold dilutions, we diluted these ENU allele carrying fish with the control DNA

(a Hubrecht Long Fin male used as a control on each plate), and also with a more

stringent test, a pool of 96 mixed fish (24 fish of four strains: T€ubingen, T€ubingen
Long Fin, AB, and Wik). The pool is a particularly demanding test since a second

SNP within the primer sequences for the assay can lead to poor annealing and even

subsequent allele bias when genotyping the target SNP.

Figure 4 shows the SNP genotyping of the induced Gli3hu2965 allele in wild type,

heterozygous, and homozygous fish. Figure 5 shows the same SNP, increasingly

diluted by thewild type allele: from homozygous, to heterozygous, and heterozygote

diluted with an equal amount of control DNA (C) or pooled wild type strains (P). The

http://tinyurl.com/3bsoolv
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Fig. 3 Phylogenetic tree of strains. Genotypes were discretized to calls of A, B, and C, and used fpars,

part of the Phylip package. Tu is T€ubingen, TuLF is T€ubingen LongFin, TuLFUCL is a T€ubingen LongFin

individual from the University College of London, HuLF is Hubrecht LongFin, AB is AB strain,

MGHG0AB is the AB strain G0 individual used to make the MGH mapping panel, HSC324 is the

C32 strain (inbred isolate of AB) G0 individual used to make the Heat Shockmapping panel, MGHG0Ind

is the India strain G0 individual used to make the MGHmapping panel, SJD is Steve Johnson Darjeeling

(inbred Indian wild type), HSSJD4 is the SJD strain G0 individual used to make the Heat Shock mapping

panel, Wik1 to Wik4 are individuals of the Wik strain, and Wik UCL is a Wik individual from the

University College of London. All fish are from the Sanger facility and originally sourced from ZIRC

unless otherwise stated. The individuals from the mapping panels correspond to the strain as it was at that

time, for example 10–15 years ago.
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Fig. 4 MIPs assay of homozygous wild-type individuals (C/C: red squares), three heterozygous

carriers of a nonsense mutation (C/T: blue circles), and one homozygous mutant individual (T/T: green

triangle). The X-axis indicates the spectral contrast between the two dyes of the assay, and the Y-axis is the

log of the fluorescence signal. To the right is shown capillary sequencing traces indicating the induced

mutation in allele gli3hu2965 (lower) in comparisonwith wild type (upper). TheMIPs homologous flanking

sequence is: gli3_hu2965 Zv9_24_11311698 atggtcctgaagcccatgtcaccaaaaaacaacgtggggagacataccca

[C/T] gacccccacctcagccacgagaacctggagcaaccactgaccaaaaggag. (See color plate.)
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full range allele dilutions are: 1/1 (undiluted mutant), 1/2 (heterozygote), 1/4 (het-

erozygote diluted with equal amount of wild type DNA), 1/8, 1/16, 1/32, 1/64, and

1/128. The 1/8 dilution is scored as containing the ENU allele with both control and

pooled dilutions, and the 1/16 dilutions still appear separate from the Wild type

samples. Since bulk segregant mapping normally involves comparing the genotypes

of mutants (homozygotes) to siblings (a mix of heterozygotes and wild types) a 1/16

sensitivity is more than is needed for to map a monogenic Mendelian recessive
[(Fig._5)TD$FIG]

Fig. 5 The gli3 MIPs was tested by combining DNA from a single wild-type fish (e.g., 1:16C) with

heterozygous gli3hu2965 DNA at different ratios or by combining the pooled DNA of 100 adults (e.g.

1:16P) with gli3hu2965 DNA different ratios. Also shown is the signal from many wild-type (C/C: red

squares) fish, as well as three heterozygous gli3hu2965 carriers (C/T: blue circles) and one homozygous

mutant individual (T/T: green triangle). The X-axis indicates the spectral contrast between the two dyes of

the assay, and the Y-axis is the log of the fluorescence signal. (See color plate.)



Table I
Bulk segregant map

SNP Zv9

ss49818686 21:2

ss49817351 21:4

ss49835121 21:3

ss49818143 21:2

There are four SNPs that
2,002,074 and 4,563,832
and 6M are mutant pools
mutants are homozygous

Table II
Single embryo map

SNP Mut

ss49818686 BB

ss49817351 AA

ss49835121 AA

ss49818143 AA

The same four SNPs as in
pass QC filters). All mu
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mutant. It should be possible to screen pools for the presence of a given allele, for

example, a specific induced allele.
F. Bulk Segregant Mapping
Next we mapped a mutation found to enhance the silberblick phenotype

(Heisenberg et al., 2000). The allele was isolated on a TuLF background carrying

silberblick and crossed onto Wik for mapping. We tested the grandparents, parents of

the cross, and ools of mutants and siblings: 6, 12, and 24 embryos deep. In addition,

we tested a further improvement using low DNA input. In this case, we amplified 10

ng of DNA from single embryos using the GenomiPhi V2 kits from GE Life Sciences

according to the manufacturer’s protocol: the amplifications were cleaned with

Qiagen Qiaquick columns and Picogreen quantified using 1 mg inputs for MIP assays.

The results were promising: we saw a good signal that was around the siberblick

locus, and a very strong signal of four SNPs showing linkage on LG21 that on Zv9

(http://www.ensembl.org/Danio_rerio) spans less than a 2.6 Mb region. The signal

was strong in pools (Table I) and in individuals (Table II). In a separate experiment

we also use GenomiPhi amplification of embryos that had been fixed and hybridized

with in situ probes, to generate sufficient DNA for a MIPs assay 1 mg (data not

shown).
ping

pos G1 G2 P1 P2 24M 12M 6M 24S 12S 6S

913135 BB AA AB AB BB BB BB AB AB AB

563832 AA BB AB AA AA AA AA AB AB AB

548874 AB BB AB AB AB AA AA AB AB AB

002074 AB BB AB AB AA AA AA AB AB AB

show strong linkage with the silberblick enhancer; the SNPs are within a 2.6-Mb region of LG21 in Zv9 (between bases
). G1 and G2 are grandparents – TLF carrier and WIK map outcross, respectively, P1 and P2 are parents, and 24M, 12M,
of 24, 12, and 6 fry, respectively, whereas 24S, 12S, and 6S are the equivalent sibling pools. The pools of 24, 12, and 6
(with the exception of ss49835121 in 24M a likely genotyping error), whereas the pools of siblings are all heterozygous.

ping

1 Mut2 Mut3 Mut4 Mut5 Mut6 Sib1 Sib2 Sib4 Sib5 Sib6

BB BB BB BB BB AB AB AA AB AB

AA AA AA AA AA AB BB BB AB AB

AA AA AA AA AA AB AB BB AB AB

AA AA AA AA AA BB AB BB AB BB

Table I, on DNA from single larvae amplified using GenomiPhi V2. There are sixmutants and five Siblings (one failed to
tants are homozygous; no sibling embryos are homozygous for the same allele as a mutant.

http://www.ensembl.org/Danio_rerio
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Interestingly, on further investigation and cDNA sequencing it was found this

silberbick enhancer is a mutation in hmgcrb, which was isolated previously

(D’Amico et al., 2007).
IV. Suggested Mapping Strategy
For a complete mapping strategy, we suggest a two-step approach, roughmapping

followed by fine mapping. For rough mapping, we suggest the use of the 3212 SNP

MIPs array and bulk segregant pools ideally no more than 24 fry deep, in this way

just two chips should establish linkage for about $2–300. Since four sets of 48

samples can be processed in the MIPs protocol per person per week 96 mutants

per week could be roughly mapped in this way. This compares well with the time and

total cost for the SSLP approach (Geisler et al., 2007). For even greater confidence

one could genotype two mutant and two sibling pools, or add the parents. However,

linkage should be obtained using just two pools (one mutant and one phenotypically

wild type) and can be quickly tested by fine mapping. This may not be true in some

cases, especially if closely related strains or carrier fish of an admixture of strains are

used. If linkage fails to be established, additional pools or parental carriers could be

subsequently genotyped to help.

For fine mapping, candidate SNPs can be assayed using the KASPar panel across

large numbers of mutants, for example 372 and a few siblings, for example 12. The

candidate SNPs should clearly be polymorphic on the MIPs, and preferably in the

extant KASPar panel, though it is relatively inexpensive to order new assays.
V. General Considerations

A. Genetic Diversity
In the design of any mapping strategy the correct choice of strains is critical in

maximizing the polymorphic marker rate and the number of individuals that need to

be genotyped. Essentially a mapping strain distant from the mutant line should be

chosen. We have genotyped the commonest stains, several individuals from each

strain, often from independent labs, and established the alleles within strains and

polymorphisms between them. This is largely summarized by the tree in Fig. 3,

which allows the quick identification of distant strains. If an admixture line is used

then genotyping the grandparents and parents helps identify the SNP alleles origins

and makes subsequent analysis easier.
B. Usefulness of the SNP Panel
After initial rough mapping using the MIPs panel, the emphasis switches from

many markers on few pools, to a few closely linked markers on many individuals.
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With a large number of extant cloned and well characterized mutants, many labo-

ratories are performing suppressor or enhancer screens. A combined screening and

cloning strategy has already been described (Rawls et al., 2003) combined with a

quick and cost effectivemethod of high-resolution genotyping, such screens become

even more attractive.

More recently RAD-tag marker microarrays containing 13,824 elements have

been used to map mutations (Miller et al., 2007); however, the sequence, genetic,

and genomic positions of these elements is unknown: in addition such RADmarkers

assayed by microarrays are dominant and non-quantitative and therefore heterozy-

gosity can only be seen after sequencing the products and uncovering additional

SNPs. Combining RAD-tags and Illumina sequencing, that is RAD-seq makes this

more attractive (Baird et al., 2008), especially for organisms without many existing

markers or finished genomes, but still requires considerable bioinformatics analysis.

With the increasing numbers of predicted SNPs, the ability to identify new SNPs

using RAD-seq, and other sequencing-based experiments, SNP panels will become

increasingly used for mapping zebrafish mutations and QTLs.
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with a hapten molecule or fluorescent dye and hybridized to denatured chromosomes,

interphase cells, or even chromatin fibers. DNA hybridization kinetics permit these

labeled probes to anneal to their complementary sequences on such chromosomal

DNA preparations allowing for direct visualization of the sequence of interest in the

genome being interrogated. If present, the relative chromosomal position of the

sequence can sometimes also be ascertained.

Progress in molecular cytogenetic research has advanced the genetic characteri-

zation of zebrafish models of human diseases as well as assisted with accurate

annotation of the zebrafish reference genome by anchoring large DNA fragments

to specific chromosome regions. Using the procedures described in this chapter,

hundreds of ambiguous zebrafish bacterial artificial chromosome (BAC) clones

have already been assigned to individual genetic linkage groups . Molecular cyto-

genetic techniques can also be used to study gene duplication events and study the

molecular mechanisms by which they arise . Moreover, the availability of a new

molecular cytogenetic technique, array-based comparative genomic hybridization

(aCGH), is now able to identify gains and losses of DNA segments in zebrafish DNA

samples in a genome-wide manner and in a single assay.
I. Introduction
The zebrafish genome contains 1.35 � 109 bp of DNA, approximately half of the

genome size of most mammals, and is organized into 25 pairs of chromosomes

(2n = 50) (Genome Research Consortium, http://www.ncbi.nlm.nih.gov/projects/

genome/assembly/grc/zebrafish/data/index.shtml). Classical cytogenetic studies of

zebrafish have shown that individual chromosomes are difficult to unequivocally

identify on the basis of chromosome size, morphology (i.e., position of the centro-

mere), and banding pattern (Amores and Postlethwait, 1999). It is therefore not

surprising that since 1968 at least 12 different zebrafish karyotypes have been

published (Sola and Gornung, 2001). In part, due to the multiple karyotypes that

have been published, attempts have been made to assign genetic linkage groups to

specific chromosomes based on chromosome size and arm ratios. In one study

(Phillips et al., 2006), relative chromosome size and linkage group-specific fluo-

rescence in situ hybridization (FISH) markers were used to assign each chromosome

to a specific linkage group using the short arm of chromosome 3 (3p) as an internal

control for chromosome size. In another study, linkage group chromosomes were

also identified by chromosome-specific FISH markers, and the size of each zebra-

fish chromosome was determined using flow cytometry (Freeman et al., 2007).

While there was good concordance between these two studies for chromosomal

assignment of cloned DNA fragments for the largest four chromosomes (i.e., linkage

groups 3, 4, 5, and 7) and the smallest three chromosomes (i.e., linkage groups 22,

24, and 25), there was considerable discordance for the remaining 18 chromosomes.

Some of the discrepancy in chromosome assignment is likely due to the similar sizes

of many of the zebrafish chromosomes. Indeed, based on flow cytometry data, only

http://www.ncbi.nlm.nih.gov/projects/genome/assembly/grc/zebrafish/data/index.shtml
http://www.ncbi.nlm.nih.gov/projects/genome/assembly/grc/zebrafish/data/index.shtml
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35.7 Mb of DNA separates the largest and smallest chromosomes. Among the 18 link

age groups with discordant chromosomal assignments, the size separation is greatly

reduced with only 9.1 Mb separating these chromosomes (Freeman et al., 2007).

To provide optimized DNA probes for zebrafish genomic analyses, a second-

generation zebrafish bacterial artificial chromosome (BAC) probe panel has now

been developed (Freeman et al., 2007). The methods described below can be used to

map specific BAC probes from this panel to chromosome preparations or cells to

assess genomic imbalances at specific chromosome regions, cellular ploidy, and

genomic instability.

In contrast to examining genomic variation at specifically targeted chromosomal

loci, the technique of comparative genomic hybridization (CGH) permits the discovery

of genomic imbalances across the genomewithout a priori knowledge of chromosome,

chromosomal regions, or genes that may be aberrant. In classical chromosomal CGH,

two genomes are differentially labeled, hybridized to metaphase cell preps, and ratios

calculated between the labeled DNA samples for measurement of DNA changes in the

genome (Kallioniemi et al., 1992). However, classical CGH is technically demanding,

has low reproducibility, and exhibits a low resolution of around 5–10 Mb for single

copy gains and losses (recently reviewed in Peterson and Freeman, 2009). Some of

these challenges were overcome with the advent of array-based comparative genomic

hybridization (aCGH). The technique of aCGH uses glass slidemicroarrays containing

DNA sequences mapped to the genome and hybridized to differentially labeledDNAs.

DNA from a test sample is co-hybridized with DNA from a reference individual to

identify relative genomic gains and losses. The intensity ratio between the two different

fluorophores at each probe on the microarray is calculated to measure relative copy

number changes for specific genomic regions (Fig. 1).
[(Fig._1)TD$FIG]

Fig. 1 Example of array comparative genomic hybridization (aCGH) on a zebrafish tumor cell

compared to a normal reference sample. Chromosomes 1, 13, and 14 show chromosomal losses (red

arrows) compared to the chosen reference DNA source, while chromosomes 19 and 23 show chromo-

somal gains (green arrows). X-axis = chromosome number, Y-axis = log2 ratios. (See color plate.)
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Multiple aCGH platforms are now available for zebrafish, which facilitates their

use in identifying genomic imbalances throughout the whole genome for disease

studies as well normal inter-individual genetic variation. aCGH is technically less

challenging than classical CGH and has increased the effective resolution for the

detection of gains and losses in zebrafish genomes to chromosomal distances as

small as 5 kb (see below).
II. Cytogenetic Methods
Note: These methods, which are updated periodically, can also be found on the

following website: http://www.chromosome.bwh.harvard.edu.
A. Zebrafish Chromosome Preparations

1. Metaphase Chromosomes from Embryos
1.
 Take �100 embryos at 23 h postfertilization (hpf).
2.
 Add colchicine (Acros Organics, Fair Lawn, NJ) to a final concentration of

4 mg/mL. Incubate at 28.5 �C for 6 h.
3.
 Dechorionate embryos using Pronase treatment (Westerfield, 2007). Dilute

1 mL of Pronase stock (50 mg/mL) in 30 mL of fish water (Westerfield,

2007). Add 20 mL Pronase for 10 min. Mix embryos and Pronase solution by

use of a transfer pipet.
4.
 Rinse embryos three times in 20 mL of 0.48 mg/mL Instant Ocean Sea Salt

(Instant Ocean, Cincinnati, OH) in fish water.Hint:Remember to keep embryos

in water at all times.
5.
 Remove excess water and transfer embryos to a clean microfuge tube on ice.

Remove all but 100 mL of fish water and homogenize (approximately 10

strokes) using a pellet pestle (Kontes Glass Company, Vineland, NJ).
6.
 Add 1 mL of ice-cold 0.9� PBS (Fisher Scientific, Pittsburgh, PA), 10% fetal

bovine serum (Atlanta Biologicals, Lawrenceville, GA).
7.
 Using a transfer pipet, apply the homogenate to 100 mm Cell Trics filter

(Partec, Swedesboro, NJ) and collect the filtrate in a clean 15 mL centrifuge

tube.
8.
 Collect the filtrate from step 7, and apply 50 mM Cell Trics filters (Partec,

Swedesboro, NJ). Collect the second filtrate in a clean 15 mL centrifuge tube.
9.
 Add 5 mL of ice-cold 0.9� PBS, 10% fetal bovine serum.
10.
 Centrifuge at 210 g for 10 min at 4 �C.

11.
 Discard the supernatant and gently disperse the pellet by flicking the tube.
12.
 Add 10 mL of hypotonic colchicine solution (1 mL 11.0% sodium citrate, 1 mL

colchicine (40 mg/mL), and 8 mL fish water).
13.
 Incubate at room temperature for 25 min.
14.
 Add 1 mL of ice-cold fixative (3:1 methanol:glacial acetic acid).
15.
 Centrifuge at 400 g for 10 min at 4 �C.

http://www.chromosome.bwh.harvard.edu/
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16.
 Remove supernatant and add 10 mL of ice-cold fixative.
17.
 Centrifuge cells at 400 g for 10 min at 4 �C.

18.
 Repeat once more with fresh ice-cold fixative.
19.
 Store cell pellet at �20 �C until use or perform one more wash and drop slides

(see Section A.3).
2. Metaphase Chromosomes from Established Adherent Cell Cultures
Note: Several established zebrafish cell lines are now available from the American

Type Culture Collection (http://www.atcc.org) including ZF4, SJD.1, ZEM2S, ZFL,

and AB.9. To ensure proper chromosome assignment, mapping should be carried out

on early passage lines only, because later passages frequently contain cell culture

artifacts (e.g., aneuploidy).Metaphase chromosomes can be prepared from these and

other independently derived adherent cell lines as follows:
1.
 Grow an established zebrafish cell line to �80% confluency.
2.
 Hint:Depending upon the characteristics of a cell line, multiple flasksmay need

to be combined to attain cell quantities for optimal metaphase preparation.
3.
 Add 10 mL of colcemid (0.1 mg/mL) (Irvine Scientific, Santa Ana, CA) and

incubate at 28.5 �C and 5% CO2 for 6 h.
4.
 Add 1 mL of ethidium bromide (10 mg/mL) per milliliter of culture medium to

increase chromosome length. Incubate for 45 min at 28.5 �C.

Note: This step can be deleted if good metaphase spreads are achieved

without addition.
5.
 Remove media and add 2 mL sterile 1� PBS. Let it sit for 2 min.
6.
 Remove PBS and add 2 mL of 0.25% Trypsin/0.53 mM EDTA (ATCC,

Manassas, VA). Place in a 28 �C incubator for 5 min. Hint: If using ZF4 cells,

trypsin CANNOT contain EDTA.
7.
 Add 8 mL of media and transfer the cells to a clean 15 mL centrifuge tube.
8.
 Centrifuge cells at 200 g for 5 min at room temperature.
9.
 Remove the supernatant and gently resuspend cell pellet in residual media.
10.
 Combine cells and residual media from each flask into a 15 mL centrifuge tube

and bring to a total volume of 1.2 mL.
11.
 Add 6.8 mL of 0.067 M KCl. Let it sit at room temperature for 22 min.

Note: Make KCl fresh daily.

Note: Incubation duration depends on cell line characteristics.
12.
 Add 1 mL of fixative (3:1 methanol: glacial acetic acid) and mix thoroughly.
13.
 Spin at 400 g for 10 min at 4 �C.

14.
 Remove supernatant and resuspend pellet in residual solution. Add 7 mL of fresh

fixative and let it sit on ice for 30 min. Centrifuge at 400 g for 10 min at 4 �C.

15.
 Remove supernatant and resuspend pellet in residual solution. Add 10 mL

fixative and centrifuge at 400 g for 10 min at 4 �C.

http://www.atcc.org/
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16.
 Repeat Step 14, reducing fixative volume to 5 mL.
17.
 Store cell pellet at�20 �C until use or immediately drop slides (see Section A.3).
B. Preparation of Bacterial Artificial Chromosome (BAC) Probe DNA
1.
 Warm agar plates to room temperature. Streak BAC clones from glycerol stocks

onto LB-agar plates with the appropriate antibiotic.
2.
 Grow overnight in a 37 �C incubator.
3.
 Pick a single colony and place in a 50 mL conical tube containing 12 mL of

terrific broth (TB) plus 6 mL of the appropriate antibiotic.
4.
 Incubate in a shaking incubator at 2 g overnight at 37 �C.

5.
 Isolate DNA using a plasmid purificationMidi Kit (Qiagen #12643, Valencia, CA)

a. Chill the P1 (50 mM Tris-Cl, pH 8.0; 10 mM EDTA; 100 mL/mL RNAse A)

and P3 (3 M potassium acetate, pH 5.5) buffers at 4 �C.
b. Centrifuge cells at 1000 g for 15 min in a clean and sterile 15 mL centrifuge

tube. Pour off the supernatant into a flask containing bleach.

c. Resuspend pellet in 2 mL of ice-cold P1 buffer. Vortex until pellet is thor-

oughly resuspended.

d. Add 2 mL of P2 buffer (200 mM NaOH; 1% sodium dodecyl sulfate (SDS))

down the side of the tube. Roll tube gently and allow cells to lyse for 2 min at

room temperature.

e. Add 2 mL of ice-cold P3 buffer. Invert tube gently.

f. Keep cells on ice for 20 min.

g. Centrifuge lysate for 30 min at 2800 g to remove cellular debris.

h. Avoiding the top layer of white film, transfer supernatant to a clean 15 mL

centrifuge tube.

i. Add 5 mL of isopropanol and gently invert tube to precipitate DNA.

Centrifuge for 30 min at 2800 g.

j. Decant isopropanol and add 10 mL of cold 70% ethanol. Centrifuge for

10 min at 2800 g.

k. Decant ethanol. Invert tube on paper towel to dry pellet or place in a 55 �C
oven to dry rapidly.

l. Resuspend pellet in 100 mL of nuclease-free water. Place in a 55 �C water

bath for 15 min.

m. Store at 4 �C until ready for Repli-G amplification.
6.
 BAC DNA amplification using a Repli-G Kit (Qiagen #150045, Valencia, CA)

a. Add 2.2 mL TE (10 mM Tris-HCl, 1 mM EDTA, pH 8.0) and 0.3 mL BAC

DNA (100 ng/mL) to a 0.2-mL PCR tube.

b. Prepare fresh dilution A (4.5 mL dH2O, 0.4 mL 5 MKOH, and 0.1 mL 0.5 M

EDTA).

c. Prepare denaturation solution. Dilute solution A (provided by kit) 1:8.

d. Prepare neutralization solution. Dilute solution B (provided by kit) 1:10.
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e. Add 2.5 mL of denaturation solution to each PCR tube and let it sit at room

temperature for 3 min.

f. Add 5 mL of neutralization solution to each tube to stop reaction.

g. Prepare Reaction Master Mix on ice as in Table I.

h. Add 40 mL ReactionMaster Mix to each tube. Immediately place the tubes in

a thermal cycler for two incubations. The first incubation is for 16 h at 30 �C,
the second for 5 min at 65 �C, after which samples should be held at 4 �Cuntil

retrieved.

i. Tubes can now be stored at �20 �C until ready to proceed.

j. The resulting mix will be very viscous. Add 50 mL of dH2O to dilute and

facilitate precipitation. Transfer to a sterile 1.5 mL microcentrifuge tube.

k. Add 10 mL 3 M sodium acetate to each tube.

l. Add 250 mL 100% ethanol to each tube and invert to mix.

m. Spin tube at full speed (16,000 g) in a microfuge for 10 min to pellet DNA.

n. Pour off supernatant and add 1 mL ice-cold 70% ethanol.

o. Centrifuge at full speed in microfuge for 10 min.

p. Decant supernatant and air-dry pellet by leaving tube inverted for 5–10 min.

q. Resuspend pellet in 100 mL sterile ddH2O. Incubate at 65 �C for 1 h, then

overnight at 4 �C.
r. Store at 4 �C until ready to label for FISH.
ble I
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C. Fluorescence In situ Hybridization (FISH)

1. Preparation of C0t1 DNA
1.
 Take freshly anesthetized zebrafish and place in mortar. Thoroughly freeze the

zebrafish in liquid N2.
2.
 Using a pestle, grind the animal to a fine pulp, intermittently adding liquid N2 to

maintain the tissue as a frozen slurry. Transfer the pulp into a sterile 50 mL

centrifuge tube and swirl to allow the remaining liquid N2 to evaporate.

Note: Tissue needs to remain frozen at all times to attain high molecular weight

DNA.
n master mix volumes for Repli-G BAC DNA amplification

Volume (mL) per reaction Volume (mL) per 100 reactions

ater 27 297

li-G buffer 12.5 137.5

lymerase 0.5 5.5

lume 40 440
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3.
 Add 20 mL of Proteinase K lysis solution (50 mM Tris-Cl, pH 8; 100 mM

EDTA; 100 mM NaCl; 1% SDS; 100 mg/mL Proteinase K (Roche, Indiana-

polis, IN) to the tube. Shake to resuspend pellet. Gently rock the solution in a

55 �C incubator for 24 h.
4.
 Immediately prior to use, centrifuge Phase Lock Gel (PLG) light 50-mL tubes

by centrifuging for 2 min at 1,500 g (5 Prime Inc, Gaithersburg, MD).
5.
 Transfer zebrafish pulp in lysis solution into the PLG tubes. Add 10 mL buff-

ered phenol (phenol-Tris saturated, pH = 8.0, Roche, Indianapolis, IN). Gently

invert tubes 20 times to mix the suspension and denature protein.

Note: Buffered phenol from the above source routinely gave us the best

quality DNA.
6.
 Add 10 mL chloroform/isoamyl alcohol (24:1), and mix thoroughly as in

Step 5.
7.
 Spin at 1500 g for 5 min at room temperature to separate the phases.
8.
 Transfer the upper aqueous phase to a new 50 mL PLG tube. Repeat

Steps 5–7.
9.
 Transfer the upper aqueous phase to a new sterile 50 mL centrifuge tube. Add

0.1� volume of 3 M sodium acetate, mix thoroughly, and then add 1� volume

of isopropanol. Gently mix the solution until the genomic DNA starts to

aggregate.
10.
 Let it sit at room temperature for 20 min.
11.
 To pellet the DNA, centrifuge at 800 g for 10 min at 4 �C. Carefully pour off the
supernatant.
12.
 Wash the DNA pellet with 20 mL of ice-cold 70% ethanol. Centrifuge again as

in Step 11.
13.
 Decant supernatant without dislodging the pellet. Using residual liquid, transfer

the DNA pellet into a 2 mL tube. Invert tubes at room temperature to evaporate

the residual ethanol (1–2 h).
14.
 Rehydrate the DNA pellet by resuspension in 1 mL of sterile TE (10 mM Tris-

HCl and0.1mMEDTA) and incubation overnight at 55 �C.Note:Mixing during

incubation will promote efficient rehydration of DNA pellet.
15.
 Store at 4 �C until ready to proceed further.
16.
 Obtain DNA concentration by standard spectrophotometric measurements.

Following DNA quantification, calculate the volume necessary to make

500 mL of total genomic DNA at a final concentration of 10 mg/mL.
17.
 Shear 500 mL genomic DNA (10 mg/mL) in a sonicator (Sonics Materials Inc.,

Newton, CT) to an average fragment size of 400 bp (10 min, amplitude 100, 10 s

bursts). Check fragment size on a 1% agarose gel.
18.
 Denature the DNA by incubation at 100 �C for 15 min.
19.
 Calculate the time required for the C0t1 fraction of the DNA sample to re-

anneal. Note: Use the equation: [5.92/DNA concentration in mg/mL] to deter-

mine the time in minutes needed for C0t1 fraction to reanneal.
20.
 Place the DNA in a 65 �C water bath for 4 min.
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21.
 Add 0.25 mL of 1 M NaCl to the 0.5 mL of DNA to yield a final concentration

of 0.3 M NaCl. Note: Total volume should equal 0.75 mL.
22.
 Allow DNA to reanneal at 65 �C for the interval calculated in Step 17.
23.
 Add 1� volume of ice-cold 2� S1 nuclease buffer (Fisher Scientific,

Pittsburgh, PA). Add 1 unit of S1 nuclease (Fisher Scientific, Pittsburgh, PA)

per microgram of genomic DNA.
24.
 Incubate at 37 �C for 30 min.
25.
 Centrifuge the genomic DNA solution in a 15-mL PLG light tube for 2 min at

1500 g. Transfer supernatant to a 15 mL PLG light tube.
26.
 Add 10 mL phenol:chloroform:isoamyl alcohol (25:24:1), mix thoroughly, and

spin at 1500 g for 5 min at room temperature to separate phases.
27.
 Set centrifuge temperature to 4 �C.

28.
 Transfer upper aqueous phase to a new sterile 15 mL centrifuge tube. Add 0.1�

volume of 3 M sodium acetate mix thoroughly, then add 1� volume of iso-

propanol. Gently mix solution to precipitate DNA. Centrifuge at 3000 g for

10 min at 4 �C.

29.
 Remove supernatant and allow pellet to air dry for 1 h with tube inverted at

angle.
30.
 Rehydrate pellet in 0.5 mL of sterile ddH2O at 55 �C for 2 h. Store at �20 �C
until ready to use.
2. Probe Synthesis
1.
 Using theNick Translation Reagent Kit (AbbottMolecular Inc., Abbott Park, IL),

mix the following in a microfuge tube:

� 1 mg of probe DNA. Using sterile water, bring volume to 17.5 mL.
� 5 mL of 10� nick translation buffer
� 5 mL of 0.1 mM dTTP
� 10 mL of dNTP mixture (0.1 mM dATP, dGTP, dCTP each)
� 2.5 mL of 0.2 mM Spectrum Red/Orange dUTP or 3.5 mL of 0.2 mM Spectrum

Green dUTP (Abbott Molecular Probes, Abbott Park, IL).
� 10 mL of nick translation enzyme
2.
 Mix and incubate for 11 h at 15 �C and hold at �5 �C. Note: It is best to do this

step in a thermocycler for optimal temperature control.
3.
 Electrophorese a 5 mL aliquot on a 1% agarose gel to check the probe size. The

ideal probe should contain a spectrum of fragments <500 bp.
4.
 Purify the labeled DNA using a Sephadex-G50 column (ZymoResearch, Orange,

CA). Note: Follow the Zymo purification protocol (included).
5.
 Add 25 mg of zebrafish (Section C1 above) or herring spermC0t1 DNA (Promega

Inc., Madison)
6.
 Add 0.5 mL of 0.5 M EDTA to preserve sample.
7.
 Store in �20 �C until needed for hybridization.
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3. Making Zebrafish Metaphase Chromosome Preparations
Note: Metaphase slides can be prepared from either the uncultured or cultured

cell method described above in A.
1. Boil water in a 100-mL beaker.

2. If making chromosome preparations from a stored cell pellet: Wash 2� in ice-

cold fixative. (i.e., centrifuge at 450 g for 10 min at 4 �C. Remove supernatant

and add 10 mL fresh ice-cold fixative.)

3. Make a humidified chamber by wetting a paper towel and putting a box over it.

4. Exhale on slide to warm and moisten slide.

5. Apply three drops of cell suspension along the length of the glass slide.

6. Place slide under the humidified chamber for about 1–2 min (while preparing

the next slide).

7. Place slide over boiling water so that the steam spreads the chromosomes.

8. Wipe off the back of the slide with a paper towel.

9. Place slide on a slide warmer.

10. Using a phase contrast microscope, examine each slide to check for mitotic

index and extent of chromosome spreading.
4. Pretreatment of Slides and Probe Hybridization
1.
 Place slides in 3:1 methanol:glacial acetic acid at �20 �C for 15 min.
2.
 Wash slides in sterile 1� PBS for 2 min. Repeat once more.
3.
 Place slides in a Coplin jar containing 60 mL Protease II solution (Abbott

Molecular Probes,Abbott Park, IL) for 5 min at 37 �C.

4.
 Wash slides in sterile 1� PBS for 5 min. Repeat.
5.
 Dehydrate chromosome preparations by placing slides consecutively in 70%,

90%, and 100% ethanol (2 min each), then air dry. Use slides immediately.
6.
 While slides are drying, take 10 mL of probe mixture and centrifuge in a

Speedvac (Thermo Scientific, Rockford, IL). Add 10 mL of Hybrizol (Oncor,

Gaithersburg, MD) to the dried probe. Vortex briefly to resuspend pellet.
7.
 Apply 10 mL of the probe mixture to the dehydrated slides.
8.
 Cover with a 22 � 22 mm glass coverslip and seal edges with rubber cement.
9.
 Co-denature in a Hybrite (Abbott Molecular, Des Plaines, Il) at 70 �C for 3 min

and then bring to 37 �C.

10.
 Once slides are at 37 �C in the Hybrite, transfer slides to a humidified chamber,

in the dark, for 48 h at 37 �C.
5. Post-hybridization Washes and Counterstain
1.
 Gently peel away rubber cement and remove coverslip.
2.
 Perform two 5-minwashes in 50% form amide plus 2� SSC at 45 �C inCoplin jars.
3.
 Perform two 5-min washes in 2� SSC at 45 �C in Coplin jars.
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4.
 Wash slides in 4� SSC, 0.05% Tween-20 (Sigma-Aldrich, St. Louis, MO) for

8 min at 37 �C.

5.
 Apply 30 mL of antifade mounting medium with DAPI (Vector Labs, Burlingame,

CA) and cover with a 24 � 60 mm coverslip.
6.
 Incubate in the dark at room temperature for 5 min.
7.
 Observe hybridized chromosome preparations by fluorescence microscopy with

appropriate filter sets.

Note: Multiple colors can be used in a hybridization to detect different DNA frag-

ments (e.g., DAPI (blue), Spectrum Green, Spectrum Orange, Spectrum Red, and

Spectrum Aqua can be used along with appropriate excitation and emission filters.)
III. Application of Cytogenetic Methods in Zebrafish Studies
The development and application ofmolecular cytogenetic probes has bridged the

longstanding gap between the DNA sequenced-physical maps and the more well-

established genetic maps, providing cytogenetic anchors to facilitate the annotation

of the most recent zebrafish reference genomes, Zv8 and Zv9, respectively. A

second-generation zebrafish-chromosome-specific BAC probe panel was subse-

quently developed (Table II), which consisted of FISH-verified BAC clones that

are closer to the centromere and telomeres of each zebrafish chromosome

(Freeman et al., 2007) compared to the first-generation probe panel (Lee and

Smith, 2004). BAC clones were selected from the CHORI 211 (Children’s

Hospital Oakland Research Institute BAC-PAC Resources Center, 2004, http://

bacpac.chori.org) or Danio Key BAC libraries (Deutsche Ressourcenzentrum f€ur
Genomforschung, RZPD, 2004), initially on the basis of their proximity to the ends

and centromere of each chromosome, inferred using linkage map data. Each BAC

clone was end-sequenced for clone identity verification and subsequently mapped

by FISH to metaphase chromosomes fromwild-type zebrafish embryos as described

by Freeman et al. (2007). For each FISH experiment, two different BAC clones for a

given linkage group were simultaneously hybridized to metaphase chromosome

spreads, thus providing visual confirmation of chromosomal synteny of the hybrid-

ized BAC clones (e.g., Fig. 2A and B). BAC clones mapping near the primary

constriction (centromere) of each chromosome were designated as the near-centro-

meric clones, and near-telomeric probeswere assigned to either the short arm or long

arm termini of the respective chromosome. Distinct improvements in the second-

generation BAC probe panel include 31chromosomal probes that are more closely

located to their respective centromeres and telomeres and the inclusion of a BAC

clone (zC079A18) from the long arm terminus of chromosome 4, which replaces the

heterochromatin probe (zC027E19) previously used (Fig. 2C).

LG chromosome 4 corresponds to a zebrafish chromosome previously reported to

contain substantial amounts of constitutive heterochromatin along most of the long

arm (Sola and Gornung, 2001). Constitutive heterochromatin is typically comprised

http://bacpac.chori.org/
http://bacpac.chori.org/


Table II
Second-generation probe panel consisting of near-telomeric and near-centromeric BAC clones
for each zebrafish chromosome (bold and italicized clones were in the first-generation probe
panel; Lee and Smith, 2004)

LG Short arm telomere Long arm telomere Centromere

1 zC093G23 zC141F18 zC022O06

2 zK014G06 zC009D09 zK127K09

3 zK007C07 zK030G05 zC115J06

4 zK030C13 zC079A18 zC091G03

5 zC087E10 zC150K20 zK007B18

6 zK023D07 zK166J19 zC112J16

7 zK009M06 zC128L16 zK014N10

8 zC069A12 zK149F22 zC103G04

9 zC115B08 zC012N08 zC212N06

10 zC128P08 zC022E09 zC136O04

11 zC159E12 zC115I06 zK014H17

12 zC121C04 zC086E02 zK022H21

13 zK006L12 zC113I09 zK016I06

14 zC117N19 zC125N22 zC117E17

15 zC055C01 zC059M05 zK151P21

16 zC119D19 zK246M23 zC213B07

17 zK013L17 zK014B13 zC042B22

18 cZ241L24 zK014D24 zK005J13

19 zK089B17 zK201G07 zC132A16

20 zK077B17 zC153J24 zK033I22

21 zC122A16 zK014M09 zC065O02

22 zK002J07 zC118M01 zC206A19

23 zC041B11 zC214H13 zC051C19

24 zK018N12 zK124I03 zK001A04

25 zC096F02 zC087L10 zK044K01

[(Fig._2)TD$FIG]

Fig. 2 Representative FISH images from the second-generation BAC probe panel. Panels A and B

present two color FISH images: A) near-telomeric short-arm probe (orange) and near-telomeric long-arm

probe (green) of LG chromosome 3; B) near-centromeric probe (green) and near-telomeric long-arm

probe (red) of LG chromosome 7. Panel C compares the use of the new near-telomeric long-arm probe

(orange) and the previously used heterochromatin probe (green), as well as a near-centromeric probe

(white) for LG chromosome 4. (See color plate.)
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of highly repetitive DNA (John, 1988), such as 5S rDNA, which is known to be

present on this chromosome (Gornung et al., 2000; Phillips and Reed, 2000).

Previous BAC clones that localized to the long arm of LG chromosome 4 revealed

a hybridization pattern similar to that observed for 5S rDNA, with hybridization

observed along most of the long arm. By contrast, BAC clone zC079A18 specifically

labels the telomeric region of chromosome 4.

In humans, most centromeres contain repetitive sequences that are chromosome-

specific. These DNA sequences are ideal because they provide prominent hybridiza-

tion signals for straightforward chromosomal identification inmetaphase chromosome

preparations and accurate chromosomal enumeration in interphase nuclei (Choo,

1997; Lee et al., 1997a).Unfortunately, the zebrafish-centromericDNAs characterized

to date are similar to those of mouse (e.g., Wong and Rattner, 1988) and other non-

primate vertebrate species (e.g., Lee et al., 1997b) in that they do not have

chromosome-specific repetitive DNA sequences (Sola and Gornung, 2001).

Therefore, chromosomal enumeration probes must be chosen from loci near the

primary constriction of each chromosome. Indeed, near-centromeric BAC clones

have already been successfully used to determine ploidy in interphase cells of retsina

mutants (e.g., Paw et al., 2003) and mps1zp1 mutants (e.g., Poss et al., 2004).

Zebrafish near-telomeric DNA probes have proved useful for enumeration studies

to identify and confirm interchromosomal translocations and terminal deletions (i.e.,

deletions that extend from a given chromosomal locus to the chromosomal termi-

nus). For example, the zebrafish mutant T3(hoxb) was thought to have a transloca-

tion involving the LG3 chromosome long arm (Fritz et al., 1996). Two color FISH

assays with near-telomeric probes for the LG3 short arm and long arm confirmed the

chromosomal rearrangement in this mutant (Fig. 3). Furthermore, retrotransposed

tandem gene duplications within the zebrafish genome have been localized by use of

near-telomeric BAC probes from the panel (Yoder et al., 2008).

Both near-telomeric and near-centromeric BAC clones can be used to evaluate

genomic instability in cancer and cell cycle mutants. For example, a commonly used

method for assessing genomic instability involves a recessive mutation in the solute

carrier family 24,member 5 gene (slc24a5, formerly golden) (e.g.,Drieveret al., 1996;

Lamason et al., 2005) – a genewhich resides near the telomere of LG chromosome 18.

Zebrafish mutants suspected of having genomic instability are crossed to golden

heterozygotes. If the mutants promote genomic instability, some of the heterozygous

progeny will develop a chromosomal aberration that deletes the one normal golden

locus in the heterozygotes, which leads to a lack of eye and body pigmentation.

Unfortunately, this method for assessing genomic instability assesses only one chro-

mosomal locus and therefore conceivably underestimates the extent of genomic

instability in many mutants. In addition, this method for assessing genomic instability

is incompatible with early embryonic lethals. Such limitations can be overcome by

multicolor FISH experiments using several BAC probes simultaneously, which pro-

vides rapid and accurate assessment of genomic instability in the zebrafish (e.g.,

Fig. 4). Such studies have been performed to evaluate genomic instability and cancer

susceptibility in haploid zebrafish assays (e.g., Shepard et al., 2005, 2007).
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Fig. 3 FISH confirmation of a chromosome translocation in the zebrafish mutant, T3(hoxb). Two

colored FISH assay shows syntenic hybridization of a near-telomeric short-arm probe and a near-

telomeric long-arm probe on one normal LG3 chromosome. The nonsyntenic hybridization of these

same probes to two different chromosomes in this zebrafish mutant is consistent with a chromosomal

translocation involving one LG3 chromosome and another nonhomologous chromosome. (See color plate.)
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IV. Methods for Array CGH

A. DNA Isolation
1.
 Take freshly anesthetized zebrafish and place in mortar. Thoroughly freeze the

zebrafish in liquid nitrogen.
2.
 Using a pestle, grind the zebrafish into a fine pulp, intermittently adding liquid

nitrogen to carefully maintain the tissue as a slurry. Transfer the pulp into a

sterile 50 mL centrifuge tube and swirl to allow the remaining liquid nitrogen to

evaporate.
3.
 Add 20 mL of Proteinase K lysis solution (50 mMTris, 100 mMEDTA, 100 mM

NaCl, 1% SDS, 100 mg/mL Proteinase K) to the tube. Shake to resuspend the

frozen pellet without causing excess bubbles from the SDS in the lysis solution.

Gently rock the solution in a 55 �C incubator for a minimum of 24 h.

Note:Alternatively, the zebrafish pulp can be frozen in the lysis solutionwithout

the proteinase K and kept at �80 �C until ready to isolate DNA. When you are

ready to continue, thaw and add 100 mL (20 mg/mL) Proteinase K for a final

concentration of 100 mg/mL. Then place in 55 �C incubator for 24 h and con-

tinue with protocol.
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Fig. 4 Use of BAC probes to assess genomic instability. A normal hybridization pattern would show

two copies of each BAC probe in a given nucleus (‘‘diploid-normal’’). A polyploid cell would show three

or more signals for each probe with the number of signals for each BAC probe being the same for a given

nucleus. For example, the polyploid cell shown in this figure has four green and four red signals;

consistent with a tetraploid cellular content. Aneuploid cells would be expected to have a different number

of signals for each BAC probe in a given nucleus. In this figure, the aneuploid cell shown has two copies of

the green-labeled BAC probe, zK127K09, for chromosome LG2, and four copies of the red-labeled BAC

probe, zC213B07, for chromosome LG16. (See color plate.)
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4.
 Immediately prior to use, prepare a PLG light (50 mL tube) by centrifugation at

1500 g for 2 min (5 Prime Inc, Gaithersburg, MD).
5.
 Transfer lysed solution (20 mL) to the PLG.
6.
 Add 10 mL buffered Phenol (Phenol-Tris saturated, pH�8.0; Roche, Indianapolis,

IN). Gently rock/invert tube about 20 times to mix the suspension to denature the

protein.
7.
 Add 10 mL chloroform:isoamyl alcohol (24:1) and mix thoroughly as in Step 6.
8.
 Centrifuge for 5 min at room temperature at 1500 g to separate the phases.
9.
 Transfer the upper aqueous phase into a new PLG 50 mL tube. Repeat Steps 6–8.

Cool centrifuge to 4 �C.

10.
 Transfer the upper aqueous phase to a sterile 50 mL tube. Add 0.1� the volume

of 3 M sodium acetate (typically �2 mL) and mix thoroughly. The volume of

the resulting solution will be �20–25 mL.
11.
 Add 1� volume (�25 mL) of isopropanol. Gently mix until the DNA starts to

aggregate into viscous mass.
12.
 Incubate at room temperature for 20 min.
13.
 Pellet the DNA at 800 g at 4 �C for 10 min and decant the supernatant.
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14.
 Wash the pellet in 20 mL of ice cold 70% ethanol and centrifuge at 800 g at 4 �C
for 10 min.
15.
 Decant the supernatant without dislodging the pellet. Using residual liquid,

transfer the DNA pellet into a 2 mL tube. Place tubes upside down at room

temperature to evaporate the residual ethanol for 1–2 h.
16.
 Rehydrate the DNA pellet in 1 mL autoclaved 1� TLE buffer. Incubate over-

night (16 h) at 55 �C.

17.
 Obtain DNA concentration by spectrophotometry.

Note: Alternatively, the DNA pellets can be stored at�20 �C until ready to use.

Determine the DNA concentration on the day of use.
B. DNA Labeling
Note: The following steps are for the BioPrime1 Total Genomic Labeling Kit

(Invitrogen, Carlsbad, CA). The protocol is slightly modified from one provided by

the manufacturer (www.invitrogen.com).
1.
 Use 0.5–1.0 mg DNA for arrays. Adjust volume to 21 mL with H2O. Use 1.5 mL

Eppendorf tube.
2.
 Denature the DNA at 95 �C for 2 min.
3.
 Cool the sample on ice for 5 min.
4.
 Add 20 mL 2.5� random primer solution.
5.
 Heat at 95 �C for 5 min.
6.
 Cool on ice for 5 min.
7.
 Make master mix for each reaction: 5 mL10�dCTP, 3 mL Cy3-dCTP or Cy5-

dCTP (PerkinElmer, Waltham, MA), 1 mLexo-Klenowfragment.
8.
 Add 9 mL of master mix for each reaction for a total of 50 mL.

9.
 Store at 4 �C until ready for next step.
C. Purification of Labeled Genomic DNA
Note: Set temperature of centrifuge to 4 �C
1.
 Add 300 mL of 0.1� SSC to a Millipore Amicon Ultra column (Millipore,

Billerica, MA)
2.
 Add 50 mL labeled DNA to the column.
3.
 Spin at 16,000 g for 12 min at 4 �C, then discard the flow through.
4.
 Add 300 mL of 0.1� SSC to the column.
5.
 Spin at 16,000 g for 12 min at 4 �C, then discard the flow through.
6.
 Add 50 mL of dH2O to the column.
7.
 Invert column onto a new 1.5 mL tube.
8.
 Spin at 2400 g for 2 min at 4 �C.

9.
 Bring total volume to 80.5 mL using dH2O.

http://www.invitrogen.com/
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D. Quantification and Measurement of Dye Incorporation
1.
Ta
Re

39.

39.

25

26

130

260
Prepare Nanodropspectrophotometer (Thermo Scientific, Wilmington, DE) by

selecting ‘‘Microarray’’ and blanking with water.
2.
 Use 1.5 mL of sample.
3.
 Record absorbance at 260, 550, or 650 nm.
4.
 Calculate (A260/A550) � 23.15 = nt/Cy3
5.
 Calculate(A260/A650) � 38.58 = nt/Cy5

Note: nt = dye incorporation, which should be between 50 and 80.
E. Pre-hybridization and Hybridization
Note: The following steps are applicable for oligonucleotide-based arrays printed

by Agilent technologies (Santa Clara, CA). The protocol is slightly modified from

one provided by the manufacturer (www.agilent.com).

1. For each array combine the reagents in Table III.

2. Denature samples at 95 �C for 3 min.

3. Pre-hybridize the chamber at 37 �C for 30 min.

4. Preheat hybridization oven (Agilent, Santa Clara, CA) to 65 �C and set rotation

to 20 rpm.

5. Place clean gasket slide (Agilent, Santa Clara, CA) with the Agilent logo facing

upwards in the bottom of the chamber.

6. Place 230 mL (for the 400 K feature) or 490 mL (for the 1 million feature) DNA

mixture onto the center of the gasket slide and spread along the central axis.

7. Place array slide with Agilent logo facing downwards on top of the gasket slide.

8. Seal slides together using the SureHyb hybridization chamber (Agilent, Santa

Clara, CA).

9. Rotate sealed chamber in a circle to dislodge small air bubbles; examine from

the back. It is normal to have one large air bubble freely rotating.

10. Place chamber in 65 �C oven for 24 h. Make sure rotating apparatus is balanced.
b
ag

5

5

mL
mL
m
m

le III
ents for hybridization of array CGH

Amount for 1 million

feature array

Reagents

mL 79 mL Test DNA (labeled with Cy5-dCTP)

mL 79 mL Reference DNA (labeled with Cy3-dCTP)

50 mL Herring sperm DNA (Promega, Madison, WI)

52 mL Blocking reagent (# 5188-5220, Agilent, Santa Clara, CA)

L 260 mL 2� Hybridization buffer (# 5188-5220, Agilent, Santa Clara, CA)

L 520 mL Total volume

http://www.agilent.com/
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Fig. 5 Slides being placed in wash buffer 1. (See color plate.)
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F. Post-hybridization Wash
Note: Use the following wash buffers from Agilent. Oligo aCGH Wash Buffer 1

(#5188-5221, Agilent, Santa Clara, CA), and Oligo aCGH Wash Buffer 2 (#5188-

5222, Agilent, Santa Clara, CA).

1. Preheat Wash 2 to 37 �C.
2. Wearing gloves, disassemble slides while immersed in Wash 1.

3. Place slides in Wash 1 for 5 min at room temperature on stir plate (stir setting 4)

(Fig. 5).

4. Note: Maximum of five slides per wash.

5. Place slides in Wash 2 at 37 �C for 3 min on stir plate (stir setting 4).

6. Remove slide(s) very slowly and allow to dry.

7. Scan slides with a 2 mm scanner as soon as possible to avoid degradation of

Cy-dyes. Note: Ozone levels above 10 ppb may have an effect on Cy5 when

exposed for 10–30 s. Cy5 is also disproportionately affected by photobleaching.

It takes higher levels of ozone (greater than 100 ppb) to have an effect on Cy3

(Fare et al., 2003).
V. Application of Array CGH in Zebrafish Studies
aCGH is an effective tool for examining an entire genome for regions exhibiting

DNA gains and losses [i.e., copy number variants (CNVs)]. The first aCGH platform

for zebrafish (Freeman et al., 2009) was developed using BACs containing
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sequences orthologous to human oncogenes and tumor suppressor genes. This array

illustrated the effectiveness of aCGH for investigating genomic variation in zebra-

fish cancer models. Some cancer studies in humans are limited by the inability to

obtain matched tumor/normal samples from the same individual, thus creating the

challenge of distinguishing somatic changes in tumors from germline copy variants.

This limitation is avoided with zebrafish aCGH studies, because control DNA and

tumor DNA can be obtained from the same fish, thus resulting in increased detection

of tumor-specific alterations. Using this approach with zebrafish T-ALL samples,

serial tumor cell transplantations (i.e., allo-transplantations) with three zebrafish

malignancies were recently examined using an oligonucleotide aCGH array con-

taining 400,000 features to select for aggressive disease (Rudner et al., 2011).

Somatic differences resulting from the transplantations were detected (Fig. 6).

Because these cells were transplanted through multiple fish, the accumulation

after passage of additional somatic or ‘‘de novo’’ copy number mutations could be

detected (Fig. 6).
[(Fig._6)TD$FIG]

Fig. 6 Accumulation of genomic imbalances in a zebrafish T-ALL model. Data from three chromo-

somes in one T-ALL clone that has undergone allo-transplantation. Note the additional aberrations that are

detected after ‘‘passaging’’ (left chromosome – before passaging, right chromosome – after passaging).

Red markings indicate losses, green markings indicate gains. (See color plate.)
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VI. Summary
Improvements to FISH technologies and the arrival of aCGH technology have led

to rapid technological advancements in molecular cytogenetics. Use of these new

technologies in zebrafish cytogenetics, including the BAC probe panel, has resulted

in improved assembly of the zebrafish reference genome. Array CGH has been

used to identify genomic imbalances throughout the zebrafish genome (e.g.,

Freeman et al., 2009). Moreover, combining these techniques with new technolo-

gies, such as next generation sequencing, will soon lead to the characterization of

genomic alterations with breakpoints at the nucleotide level. While neither of these

technologies alone can illuminate all possible aberrations within a genome, their

combination will facilitate a greater understanding of the genetic alterations that are

present in specific disease models.
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Zebrafish offers significant opportunities for the investigation of vertebrate devel-

opment, evolution, physiology, and behavior and provides numerousmodels of human

disease. Connecting zebrafish phenogenetic biology to that of humans and other

vertebrates, however, requires the proper assignment of gene orthologies. Orthology

assignments by phylogenetic analysis or by reciprocal best sequence similarity

searches can lead to errors, especially in cases of gene duplication followed by gene
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loss or rapid lineage-specific gene evolution. Conserved synteny analysis provides a

method that helps overcome such problems. Here we describe conserved synteny

analysis for zebrafish genes and discuss the Synteny Database, a website specifically

designed to identify conserved syntenies for zebrafish that takes into account the

teleost genome duplication (TGD).We utilize the SyntenyDatabase to demonstrate its

power to resolve our understanding of the evolution of nerve growth factor receptor

related genes, including Ngfr and the enigmatic Nradd. Finally, we compare

conserved syntenies between zebrafish, stickleback, spotted gar, and human to

understand the timing of chromosome rearrangements in teleost genome evolu-

tion. An improved understanding of gene histories that comes from the application

of tools provided by the Synteny Database can facilitate the connectivity of

zebrafish and human genomes.
I. Introduction
Zebrafish provides many models that have advanced our understanding of human

disease. For example, ferroportin mutations leading to hemachromatosis were first

discovered in zebrafish and later in human patients (Donovan et al., 2000; Montosi

et al., 2001); the role of the microRNAmiR-140 in cleft palatewas elucidated first in

zebrafish and then found to be responsible for cleft palate in some human families

(Eberhart et al., 2008; Li et al., 2010); epithelial-macrophage-bacterial interactions

first identified in zebrafish promise a host-targeting tuberculosis therapy for humans

(Volkman et al., 2010); slc24a5, which was first identified as a pigmentation gene in

pale zebrafishmutants, was found to contribute to the evolution of light skin pigment

in northern human populations (Lamason et al., 2005); and the validation of pdzd7 in

zebrafish as a modifier of known human Usher syndrome genes led to the addition

of PDZD7 to the genetic testing panel provided to potential Usher patients

(Ebermann et al., 2010). Direct application of such knowledge from zebrafish to

humans requires the accurate assignment of gene orthologies. Orthologs are pairs of

genes (one in each of two different species) that evolved from a single gene in the last

common ancestor of those two species. In contrast, paralogs are genes that are related

to each other by gene duplication events occurring within a lineage. The paralog of a

gene in one species can be confused with that gene’s ortholog, especially in cases of

gene duplication, lineage-specific gene loss, and rapid or asymmetric evolution. To

connect genetic information from zebrafish to humans correctly, one must properly

identify the human ortholog of the zebrafish gene.
II. Rationale: Gene Duplication and Orthology Assignments
Analysis of gene phylogenies is one of the best ways to help assign orthologs. The

examination of gene trees to assign orthologies, however, can lead to difficulties in

cases of gene duplication, rapid and unequal evolutionary rates, and lateral gene
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transfer. For example, consider an initial gene g embedded in a chromosome with

other nearby genes (Fig. 1A). After a round of duplication R1, the paralogs g1 and g2

begin to diverge from each other in sequence and perhaps in function. After a

speciation event S, orthologs begin to diverge from each other (g1 from G1 and
[(Fig._1)TD$FIG]

Fig. 1 Gene duplication followed by lineage-specific gene loss can sometimes lead to erroneous

assignments of orthology. A. A chromosome segment with seven genes including the one of interest,

g, becomes duplicated in an R1 round of duplication to give genes g1 and g2, followed by divergence in

sequence and perhaps in function of these duplicated genes. After a speciation event leads to two species,

S1 and S2, each will have orthologs of both g1 and g2 (calledG1 andG2 in Species-2). A second round of

duplication (R2) of this segment in the lineage of Species-1 would lead to duplicates of both g1 and g2.

Regular rates of sequence divergence would result in phylogenetic trees that would recreate gene history.

B. If the history in part Awere modified by the loss of g2 in S1 and the reciprocal loss ofG1 in S2 (dashed

lines; ghost gray genes represent losses), then phylogenetic analyses would fail to reconstruct history.

C. The tree produced after the gene history in part B would lead to the erroneous conclusion that g1a

and g1b are co-orthologs of G2. (See color plate.)



262 Julian M. Catchen et al.
g2 from G2). Finally, a second round of genome duplication R2 in the lineage of

Species-1 can give gene duplicates, including g1a, g1b, g2a, and g2b. Assuming

relatively regular rates of gene evolution and no gene losses, phylogenetic analysis

will accurately recreate this history.

In the case of gene losses, phylogenies can give incorrect orthology assignments

(Fig. 1B). For example, if before the R2 duplication, Species-1 loses g2 but

Species-2 loses G1, then the resulting gene tree would suggest that g1a and g1b

are co-orthologs of G2 (Fig. 1C), a result inconsistent with true gene histories.

Incorrect ortholog assignments such as this can obfuscate the connectivity of

zebrafish and human functional genomics. As an example of this type of line-

age-specific gene loss after gene duplication, consider hox clusters in teleost fish:

the lineages of zebrafish and percomorphs (including stickleback, pufferfish,

medaka) reciprocally lost different entire hox clusters that were present in dupli-

cated copies in basally diverging teleosts: hoxda was lost from the zebrafish

lineage and hoxcb was lost from the percomorph lineage (Amores et al., 1998;

Guo et al., 2010; Kurosawa et al., 2006; Prohaska and Stadler, 2004). As a result,

zebrafish has no ortholog of any hoxdb gene in percomorphs and percomorphs

have no ortholog of any hoxcb genes in zebrafish.

Gene duplication can cause a problem with orthology assignments due not only

to gene losses (Fig. 1) but also due to the rapid and uneven rates at which

duplicated genes sometimes evolve compared to singletons within the same

lineage. Members of a pair of duplicated genes often show substantial asymme-

tries in evolutionary rates and frequently more radical amino acid substitutions

(Byrne and Wolfe, 2007; Leong et al., 2010; Steinke et al., 2006; Yampolsky and

Bouzinier, 2010). These rapid divergence rates may signal the origin of novel,

positively selected functions as indicated by experiments in yeast that showed that

rate increases occur soon after the whole genome duplication (WGD) (Byrne and

Wolfe, 2007). Alternatively, selection may become relaxed on one or the other

gene duplicate leading to rapid neutral drift in sequence. Long branches can lead

to an artifact in which one member of a duplicate pair diverges basal to the

position appropriate for its true history; artifacts such as these can lead to a

problem in orthology designation.
A. Types of Gene Duplication Events
Gene duplications that can obscure orthology assignments are of threemain types:

retrotranspositions, tandem duplications, and WGDs. In retrotransposition, gene

transcripts are reconverted to DNA and inserted at some other, often distant, location

in the genome. The retrotransposed gene usually lacks introns, is missing its native

regulatory elements, and has new gene neighbors different from those of the ances-

tral gene copy. The usual fate of a retrotransposed gene is to become a processed

pseudogene. Some retrotransposed genes, however, may by chance enter the genome

near regulatory elements that allow it to be expressed, although the expression

pattern is unlikely to be related to its original expression domain. If a
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retrotransposition favors fitness, then natural selection may preserve the retrotran-

sposed gene. The zebrafish genome has at least 652 retrocopies of which 437 appear

to be transcribed (Fu et al., 2010).

In tandem duplication events (or segmental duplications), a segment of chromo-

some containing one or more genes can duplicate with the two copies occupying

adjacent genomic locations in head-to-head, head-to-tail, or tail-to-tail orientation.

Tandem duplication events may duplicate all or only part of a gene’s regulatory

elements; as a consequence, one of the duplicate copies may have regulatory differ-

ences from its sister paralog from the very beginning; in addition, regulatory ele-

ments between the genes may help to regulate them both. Many gene families show

such organization, like the hox clusters and dlx tandem duplicates.

In whole genome duplication (WGD or tetraploidization) events, all genes in

a genome become duplicated with their regulatory elements preserved intact.

WGD is especially important for vertebrate lineages because vertebrates experi-

enced multiple rounds of WGD – two rounds (called R1 and R2) early in vertebrate

evolution (Dehal and Boore, 2005; Garcia-Fernandez and Holland, 1994; Spring,

1997). After the divergence of cephalochordate and urochordate lineages from the

vertebrate lineage, the R1 and R2 events may have happened in quick succession or

they may have been separated in time with one event before and one after the

divergence of jawless and jawed vertebrates (Force et al., 2002; Kuraku et al.,

2009; Putnam et al., 2008). An additional round of WGD was shared by all teleosts,

including zebrafish (the teleost genome duplication, TGD) (Amores et al., 1998;

Jaillon et al., 2004; Postlethwait et al., 1998; Taylor et al., 2003;Woods et al., 2000).

As a legacy of the TGD, zebrafish and other teleosts often have duplicates of many

genes present in single copy in tetrapods.
B. Evolution After Gene Duplication
In the case of gene duplication by autotetraploidy, the two gene paralogs (called

ohnologs in honor of S. Ohno (Ohno, 1970; Wolfe, 2000)) are initially identical, so

the loss of one copy (non-functionalization) invokes a selective penalty only in the

case of dosage-sensitive genes; loss is the most frequent fate for duplicated genes

(Lynch and Conery, 2000; Watterson, 1983). Gene loss after genome duplication

leads to chromosomes with gene contents like those shown at the right of Fig. 1B, in

which duplicated chromosome segments contain the original gene order with gaps

due to missing genes. As an alternative to gene loss, the functions of two WGD

paralogs may diverge so that both eventually become positively selected, either

because they reciprocally lost essential ancestral subfunctions by neutral evolution

(subfunctionalization), which results in both genes becoming essential for normal

fitness, or because one or both evolved novel, favorable functions (neofunctionali-

zation) (Force et al., 1999; Postlethwait et al., 2004). Once neutral evolutionary

processes have preserved subfunctionalized genes, adaptive evolution can fine-tune

retained subfunctions to improve fitness relative to the ancestral, unduplicated state

(Des Marais and Rausher, 2008; Force et al., 1999; Hughes, 1994; Innan and
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Kondrashov, 2010; Jarinova et al., 2008; Jovelin et al., 2007; Postlethwait et al.,

2004; Turunen et al., 2009; van Hoof, 2005; Winkler et al., 2003). Subfunctionali-

zation does not cause genes to develop new functions, but instead it preserves

duplicates long enough to provide an opportunity for the evolution of adaptive

change. A large survey in yeast found that duplicated genes resulting from a

WGD event diverged with respect to regulatory control more often than they

diverged in their biochemical functions (Wapinski et al., 2007). Given the breadth

of the evidence, it is likely that neofunctionalization and subfunctionalization are

both active evolutionary processes (Innan and Kondrashov, 2010).

In summary, to connect zebrafish developmental genetic models to human dis-

ease-related genes, we must develop strategies to overcome the difficulties imposed

on orthology calls by gene duplications. Here we discuss various ways to assign

orthologies, including the use of conserved syntenies. We present an automated

system to infer historical relationships between genes that takes into account

WGD. Additionally, the system integrates genomic conservation of synteny, provid-

ing an additional source of evidence for orthology assignments that complements

phylogenetic methods. We use the system here to examine the evolution of nerve

growth factor receptor related genes, including Ngfr and the enigmatic Nradd, and

compare conserved syntenies in human, zebrafish, and a basally diverging rayfin

fish to elucidate the timing of chromosome rearrangements relative to the TGD.
III. Methods

A. BLAST-based Orthology Calling
One of the most commonly used methods to assign orthologies is to search for

gene or protein sequences that are the most similar to a query gene or protein.

Alignment algorithms determine sequence similarity and use statistical significance

to infer historical relatedness. Algorithms search for a gene (the ‘‘subject’’ or the

‘‘hit’’ ’) in one species that aligns best to a sequence (the ‘‘query’’) in another species;

the hit then becomes the query sequence and the algorithm repeats the search in the

opposite direction. If the reciprocal search identifies as best hit the original query

sequence, then the algorithm has identified a reciprocal best hit (RBH) (Wall et al.,

2003), and infers that the pair of sequences represent orthologs. BLAST (Basic

Local Alignment Search Tool) (Altschul et al., 1997) is a commonly used alignment

similarity algorithm.

An algorithm that automates this methodology, INPARANOID, assigns paralogy

and orthology initially by using BLAST to identify candidate homologs between two

gene datasets and then sorting hits to find the most appropriate matches (Berglund

et al., 2008; Remm et al., 2001). Given species A and B, INPARANOID calculates

sequence similarity scores between all genes in set Aversus set A, all genes in set A

versus set B, B versus A, and finally B versus B. Reciprocal best hits are recorded

when relationships are unambiguous and the user canmanipulate several variables to
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limit genes returned in these pairwise comparisons, including a BLAST-score cutoff

and aminimum alignment length. Next, the reciprocal best hits serve as seeds to create

an initial set of gene clusters; a series of heuristic rules guide the addition of genes to

the clusters and the combination and division of clusters. When the algorithm is

complete, sequence clusters represent groups of orthologous genes where members

of each species-specific cluster represent paralogs of the orthologous gene. BLAST

scores serve as a measure of distance between genes under the assumption that the

evolutionary rates between paralogs and orthologs are about equal. INPARANOID’s

heuristic, BLAST-based approach is fast and can examine large datasets rapidly; its

assumption of an equal evolutionary rate among paralogs and orthologs is problem-

atic, however, and the use of arbitrary, manual cut-off limits can cause some incon-

sistency in sequences that it retains for the clustering portion of the algorithm.

An alternative clustering method (OrthoMCL) dispenses with heuristic clustering

rules and processes multiple species together in a unified analysis (Li et al., 2003).

OrthoMCL also uses BLAST to obtain initial pairwise homology scores for all genes

considered and it uses reciprocal best hits to identify initial sets of paralogs and

orthologs. OrthoMCL then normalizes scores between genes from different genomes

and models gene homologies as a graph, with nodes representing genes and edges

connecting nodes as BLAST hits weighted by the BLAST score. This graph is fed

into a Markov clustering algorithm (Enright et al., 2002), assuming that evolution-

arily related genes will be highly connected; matrix transformations exacerbate the

natural structure of the graph until separate clusters become disconnected and these

disconnected subgraphs define the final groupings of orthologs and paralogs.
B. Conserved Syntenies
An alternative method to help assign orthologies despite genome duplication

incorporates evidence from conserved synteny. A synteny occurs if two genes are

located physically on a single chromosome within a single species (syn: same; tene:

thread) (Ruddle, 1972). Even if the two genes are so distant that they are unlinked

in a meiotic mapping cross (i.e., they assort independently according to Mendel),

they are still syntenic if they are on the same chromosome. A synteny differs from

a conserved synteny, which occurs if (1) a pair of genes is syntenic in one species;

(2) the orthologs of that pair of genes are syntenic in another species; and (3) the

ancestors of those genes were syntenic in the last common ancestor of the two

species. Note that people sometimes talk of genes as being ‘‘syntenic’’ as shorthand

to mean they represent a ‘‘conserved synteny’’.

Conserved syntenies fall into four increasingly stringent categories. In the first

category, two or more genes from a single chromosome in one genome are ortho-

logous to two or more genes on a single chromosome in a second genome. In the

second category, regions of conserved synteny also exhibit conservation of gene

order. The third category adds conservation of transcript orientation for all genes in

the region, and the fourth category represents a conserved block – including con-

served gene order, transcription orientation, and no intervening or lost genes.
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In an autotetraploidization event, duplicated chromosomes (homeologs) initially

conserve syntenies completely with each other and with the ancestral unduplicated

chromosome, like the two chromosomes after R1 in Fig. 1B. Between the duplication

event and the speciation event, however, genes can be lost from one homeolog or the

other; such a gene loss causes the gene content of the two homeologs to sum to the

gene content in the ancestral chromosome segment. Chromosomal translocations

involving one or the other homeolog and some other chromosome can disrupt

conserved syntenies. In contrast to translocations, inversions disrupt only gene

orders, not conserved syntenies. Regulatory elements embedded in distant locations

can inhibit the fixation of chromosome translocations that disrupt conserved synte-

nies as well as inversions, which disrupt gene orders (Kikuta et al., 2007).
C. Using Conserved Syntenies to Help Infer Orthologies
Conserved syntenies help identify orthologies because gene neighborhoods tend

to persist during evolution; as a result, entire gene neighborhoods in different species

tend to be orthologous; over time, however, conserved syntenies tend to degrade due

to the fixation of translocations in diverging populations. In Fig. 1, we could test the

hypothesis that genes g1a and g1b in Species-1 are co-orthologous to gene G2 in

Species-2 by searching for the orthologs of the neighbors of G2 in Species-1. If the

Species-1 orthologs of G2 neighbors are syntenic with g1a and/or g1b, then

the hypothesis that g1a and g1b are co-orthologs of G2 is supported. If, however,

the orthologs ofG2 are on a pair of chromosomes that do not have a g-related gene, as

is the case in Fig. 1B, then the hypothesis that g1a and g1b are co-orthologs of G2 is

not supported. Note that this method uses information aboutG2’s position, but not its

sequence similarities; thus, this method is independent of the observed phylogeny of

gene G2 itself.

Several systems are available for the examination of conserved syntenies of

zebrafish with other organisms. Synorth specializes in identifying genomic regula-

tory blocks – clusters of conserved non-coding elements that regulate distant devel-

opmental genes and thereby maintain syntenies. Synorth (http://synorth.genereg.

net/) can follow evolutionary fate after the TGD and uses the March 2006 version of

the human genome (Dong et al., 2009). Narcisse (http://www.narcisse.com/) allows

the exploration of segment conservation in animal genomes but does not deal

well with duplications and is currently not available on line (Courcelle et al.,

2008). The AutoGRAPH synteny viewer (http://genoweb.univ-rennes1.fr/tom_dog/

AutoGRAPH/) functions for six mammals and does not include zebrafish (Derrien

et al., 2007). Cinteny (http://cinteny.cchmc.org) allows one to identify regions of

conserved synteny between individual zebrafish chromosomes and several tetra-

pods, but no other fish (Sinha and Meller, 2007). Cinteny provides a visual connec-

tion of markers from one chromosome to the other, and provides the locations of the

connected genes but not their names. Genomicus (http://www.dyogen.ens.fr/geno-

micus) is a conserved synteny browser that includes all genomes available at

Ensembl in a phylogenetic context and has the useful feature that it can reconstruct

http://synorth.genereg.net/
http://synorth.genereg.net/
http://www.narcisse.com/
http://genoweb.univ-rennes1.fr/tom_dog/AutoGRAPH/
http://genoweb.univ-rennes1.fr/tom_dog/AutoGRAPH/
http://cinteny.cchmc.org/
http://www.dyogen.ens.fr/genomicus
http://www.dyogen.ens.fr/genomicus
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ancestral gene organizations (Muffato et al., 2010). One can enter a gene name and

select a species, and Genomicus will show alignments, including both zebrafish

homeologous chromosomes in the case of duplicated zebrafish genes. Here we

discuss The Synteny Database (Catchen et al., 2009), a system specially developed

to view and interpret conserved syntenies and duplicated regions in zebrafish. The

Synteny Database has two components: an mRBH Pipeline and a Synteny Pipeline.
1. The mRBH Analysis Pipeline
The modified Reciprocal Best Hit (mRBH) Pipeline (Catchen et al., 2009) was

designed to accommodate WGD. mRBH identifies paralogous gene groups in a

primary genome (rather than a single ‘‘best’’ hit) and then anchors those gene groups

to an ortholog in an outgroup genome using a BLAST-based approach. The pipeline

creates paralogous groups relative to the last WGD that occurred in the lineage of

the primary genome but not in the lineage of the outgroup genome. For example,

if the lineage of the primary genome experienced a genome duplication after it

diverged from the lineage of the outgroup genome, then the pipeline will produce

gene groups of size two in the primary genome. If, on the other hand, genome

duplication occurred before the two species diverged, then the pipeline reverts to a

simple ortholog pipeline with a one-to-one correspondence between genes in the

primary and outgroup genomes. In practice, recent tandem gene duplication, gene

loss, and sequence divergence can influence the number of genes per group.

The mRBH Pipeline first takes the protein sequence of every gene in the primary

genome and performs a BLASTp search against all other proteins encoded by the

primary genome. In the case of multiple splice variants, the pipeline performs a

search for each transcript. Following the within-primary-genome search, the pipe-

line conducts a BLASTp search using each protein from the primary genome as a

query against the outgroup genome; any sequences found then serve as queries to

search back into the primary genome (a retro-BLAST). The mRBH Pipeline uses

NCBI BLAST with the BLOSUM62 substitution matrix (Henikoff and Henikoff,

1992) and records only BLAST hits with an E-value below 1 � 10�5.

ThemRBHPipeline next uses the collectedBLASTresults to build paralogy groups.

Given paralogs A, B, and C, only two can be reciprocal best hits. Transitivity, however,

can accommodate multiple duplication events: If genes A and B are traditional recip-

rocal best hits, then if gene C’s best hit is either A or B and A or B’s next best hit is C,

then genes A, B, and C should all be considered modified reciprocal best hits.

Modeling genes as nodes in a graph and using the BLAST hits between genes to

connect the nodes into a directed graph can identify these transitive groups. The graph

can then be traversed using a single-linkage clustering algorithm (Van de Peer, 2004),

implemented by traversing a directed graph, to build paralogous groups.
2. Noise Reduction
A major issue governing the size of inferred paralog groups is the number of

BLAST hits made available to the single-linkage clustering algorithm. If a gene has
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one or more conserved domains, or even if a gene contains weakly conserved motifs,

then BLASTwill pick up those regions in its search for statistically significant local

alignments. Because each BLAST hit is a potential edge in the directed graph, the

system must limit those edges to hits that are likely to provide information to infer

real paralogy and orthology, not simply a small, well-conserved protein domain.

Several heuristic approaches attempt to eliminate noise from BLAST results (Hahn,

2007; Li et al., 2003; Remm et al., 2001), but they tend to produce sometimes

arbitrary results based on the use of cutoff values that do not scale with respect to

evolutionary distance. The mRBH Pipeline uses a novel noise reduction algorithm

based on a standard hierarchical clustering algorithm that excludes insignificant

BLAST hits for each query gene. To avoid the problem of arbitrary cutoffs and to

compare genomes at different evolutionary distances, the pipeline decides how to

cluster the BLAST results by permuting search results to create a null distribution; it

then applies the gap statistic (Tibshirani et al., 2001). BLAST hits that fall into

clusters below the selected significance level are discarded as background noise. The

pipeline applies this procedure to each set of BLAST hits that it generates.
3. Outgroup Anchoring
Anchoring a group of paralogs to the outgroup helps define the origin of gene

duplication events. Prior to outgroup anchoring, the analysis pipeline constructs

paralogous groups in the primary genome. The system then identifies the top

BLAST hit in the outgroup genome for each member of each paralogy group in

the primary genome. If a groupmember does not have a significant BLAST hit in the

outgroup, the pipeline drops that group member from further consideration. If mem-

bers of a paralogous group have best BLAST hits to different genes in the outgroup,

then the pipeline splits the group, with each subset of the original group being

anchored to the appropriate (orthologous) outgroup gene. BLAST hits for outgroup

genes are then checked to ensure that the outgroup gene hits the original gene in the

primary genome (although it does not have to be the top hit). If an outgroup gene does

not retro-BLAST back to one of the genes in the original paralogy group, then that

gene from the primary genome is eliminated from the group. Finally, the system

performs the outgroup anchoring analysis on all genes in the primary genome that had

not been assigned to a paralogous group, i.e., singletons, to attempt to identify

orthologs for all genes. The end result is a series of paralogous gene groups from

the primary genome each anchored to a single gene in the outgroup.
4. The Problem of Variable Rates of Paralog Evolution
Ohnologs often show asymmetry in evolutionary rate – one member of a pair of

ohnologs often evolves at a faster rate than the other. Evidence suggests that rate

acceleration occurs soon after a WGD event in one of the duplicates (Byrne and

Wolfe, 2007). This phenomenon is a major limiting factor both for RBH-based



15. Conserved Synteny and the Zebrafish Genome 269
orthology assignment algorithms and for phylogeny-based methods (Fares et al.,

2006; Hahn, 2007). Rate asymmetries can lead to incorrect assignments in cases

involving paralogs that are substantially diverged because the BLAST search favors

the strongest sequence conservation between genes, regardless of true ancestry.

To illustrate the pernicious effects of gene duplication, lineage-specific gene loss,

and asymmetrical rates of paralog evolution, consider the MSX gene family

(Akimenko et al., 1995; Ekker et al., 1997; Jabs et al., 1993; Jezewski et al., 2003;

Shimeld et al., 1996). Zebrafish has five MSX paralogs, mouse has three, and human

has two active genes and a pseudogene. Orthologies in this family are difficult, but

conserved synteny analysis suggests orthologies for zebrafish/Mouse/HUMAN as:

msxe/Msx1/MSX, (msxa & msxd)/Msx2/MSX2, and (msxb & msxc)/Msx3/’MSX2P’,

a pseudogene orthologous toMsx3 in mouse, despite its official name (Catchen et al.,

2009; Finnerty et al., 2009). Reciprocal BLAST analysis suggests that msxa, msxb,

msxc, and msxd are all more closely related to Msx2 than to Msx1 or Msx3. These

relationships, however, are likely to be incorrect due to rate asymmetries – phyloge-

netic trees show long branches for Msx3 in mouse relative to Msx1 and Msx2;

furthermore, the conversion of the human ortholog of Msx3 into a pseudogene sug-

gests that selection pressures maintaining its sequence integrity have been weak or

lacking. BLAST search results formsxb against the mouse genome returnMsx2 as its

top BLAST hit (expect-value 1.1e-55) with the second best BLAST hit as Msx3

(expect-value 4.2e-53). The reverse-BLAST search using Msx2 as a query against

the zebrafish genome returnsmsxb as the fourth best hit, givingmsxd,msxa,msxc, and

msxb in that order (expect-values of 9.6e-65, 4.3e-61, 2.3e-59, and 8e-56, respec-

tively); this result is not expected if msxb and Msx2 are orthologs. Performing a

reverse-BLAST with msxb’s second best forward hit Msx3 as query returns msxc

and msxb as the top two hits in that order (expect-values of 1.6e-54 and 7e-51,

respectively). The scores for these two hits, however, are both lower than all four of

the BLAST hits for Msx2 against zebrafish, consistent with asymmetric gene evolu-

tion rates. The reciprocal best hit method does not have the power to make the proper

assignment in such cases with radically different rates of evolutionary divergence.

Rate asymmetry becomes problematic when comparing genomes that are highly

diverged. The most constructive approach to this problem is to increase taxon

sampling for RBH analyses. For example, a plausible approach to solve this problem

would be to compare zebrafish MSX genes first to a more closely related but non-

duplicated rayfin fish, such as spotted gar or bowfin (Amores et al., 2011; Inoue

et al., 2003, 2005), and then to compare the genomes of these fish to the mouse and

human genomes. Another approach, which we discuss in this paper, is to use the

conserved synteny of neighboring genes to aid in making the proper assignments.
5. The Problem of Lineage-Specific Gene Loss
TheMsx case illustrates not only the problem of assigning orthologies in cases of

heterogeneous rates of gene evolution, but also what can happen in cases of gene

loss. If full genome data were available for human but not for mouse, then BLAST
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analysis would have erroneously assigned msxc as a co-ortholog of human MSX2

rather than as the ortholog of a human pseudogene paralog of MSX2.
6. The Synteny Pipeline
The analysis of conserved syntenies can help resolve cases like msx where phy-

logenetic trees and RBH fail. In the Synteny Database, output from the mRBH

Analysis Pipeline feeds into the Synteny Pipeline (Catchen et al., 2009). The

Synteny Pipeline can cluster paralogous and orthologous genes into regions of

conserved synteny by employing a sliding window strategy. The sliding window

strategy identifies chromosome segments within the primary genome and between

the primary genome and user-selected outgroup genomes that have been conserved

since the lastWGD event. The slidingwindowallows for small-scale changes in gene

order, gene orientation, and gene loss within conserved regions. The Synteny

Database presents results to the user as a searchable, web-based database of con-

served syntenic clusters. The system allows for the analysis of fully or partially

assembled genomes (Bridgham et al., 2008), and is optimized for the investigation

of individual gene families in multiple lineages. The Synteny Database reveals

chromosome inversions and translocations and can identify cases of ohnologs gone

missing. Below, we describe the implementation of the SyntenyDatabase and present

a case study to demonstrate its utility (Canestro et al., 2009; Catchen et al., 2009).
7. The Synteny Pipeline Algorithm
Given a pair of paralogous index genes in the primary genome, one in chromo-

some region A and the other in chromosome region B, we want to locate additional

pairs of paralogs in which one member of the pair lies near the index paralog in

region A and the other member of the pair is near the index paralog in region B

(Fig. 2A). We define the chromosome neighborhood by placing a pair of windows of

a user-selected size around the index paralogs, where the size of the window is

measured in numbers of contiguous genes (Fig. 2A). The algorithm begins by

comparing Chromosome 1 of the primary genome (region A), to Chromosome 2

(regionB). The system starts with the first gene of regionA and checks to see if it has

a paralog in region B. If it does not, the system slides the window directly to the

second gene in regionA. Alternatively, if the first gene does have a paralog in region

B, the system marks the start of a conserved syntenic cluster (Fig. 2A), and then

checks the second gene in regionA to see if it has a paralog in regionB. If the second

gene has no paralog in regionB, then the algorithmmoves to the next genewithin the

window on region A and continues searching. If the system identifies an additional

pair of paralogs, one within the window in region A and one within the window in

region B, it marks this as a conserved synteny (Fig. 2B) and slides the window

forward; the new paralogs in the synteny cluster mark the window start. If instead,

the search reaches the tail of either window without finding another pair of para-

logous genes, then the pipeline closes the cluster and records it (Fig. 2C). The system
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Fig. 2 Sliding window analysis. A. The system searches for modified best reciprocal blasts starting at

the first gene at the left end of chromosome A, moves into region A (RegA), and then marks the first

ortholog and establishes awindow consisting of a set number of genes. B. After making comparisons from

RegA to RegB for the set window size, the system slides the window to the next gene and searches, again

marking orthologs. C. When the window finally slides to a region that finds no orthologs, the cluster of

conserved synteny is considered closed. (See color plate.)
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resets the position of the first window to the next gene on chromosomeA that was not

part of the last syntenic cluster and restarts the search. The analysis pipeline con-

tinues this process until it has examined all paralogous genes on chromosomes 1 and

2, then compares chromosomes 1 and 3, and so on.

To be certain that the system has not missed any conserved syntenic areas due to

changes in gene order arising from inversions (e.g., paralogous genes are ordered left

to right on one chromosome segment and right to left on the other segment), the

pipeline restarts the search and runs the two windows in opposite directions, again

recording found clusters. The software continues this analysis on every pair of

chromosomes in the primary genome – comparing the first and third chromosomes,

the first and fourth chromosomes, and so on. Finally, this analysis is repeated

between the primary genome and the outgroup genome to derive a genome-wide

representation of paralogons.

The sliding window algorithm can detect three types of architectural features in

the genome. First, it can detect regions that represent simple conserved synteny, for

example, in (Fig. 3A), the green horizontally hatched genes in region A are all

paralogous to the green horizontally hatched genes in region B. As the algorithm

searches forward in the sliding window, it detects each additional pair of paralogous
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Fig. 3 Detecting rearrangements. A. The system detects the green/horizontally hatched region of

conserved synteny as the windows slide in the same direction. B. The system also detects the syntenic

group of yellow/vertically hatched genes but initially does not include them in the conserved segment with

the green/horizontally hatched genes because they are transposed on RegB relative to RegA. C. Moving

the sliding windows in opposite directions permits the combination of the several segments of conserved

syntenies. (See color plate.)
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green horizontally hatched genes and moves the window forward. When the window

reaches the first yellow vertically hatched gene, however, it will not add it to the

cluster because the corresponding genes on chromosome B fall before the start of the

cluster – their positions have been inverted. The system accommodates this situation

by closing the cluster and then resetting thewindow to the first yellow gene on region

A (Fig. 3B). Now, the system places the corresponding window at the first yellow

vertically hatched gene on chromosome B, thus detecting this chromosome rear-

rangement. The green/horizontal and yellow/vertical sets of paralogs provide two

distinct clusters when the algorithm has completed examining all paralogs in regions

A and B. The third type of genomic feature the algorithm can detect is an inversion

(Fig. 3C). The algorithm detects these clusters by running the two windows in

opposite directions on the two chromosomes.
IV. Using the SyntenyDatabase: A Case Study of Nerve Growth
Factor Receptors

A. The Nerve Growth Factor Receptor (NGFR) Gene Family
The nerve growth factor receptor (Ngfr), alias p75 NT receptor, belongs to the

tumor necrosis factor transmembrane receptor superfamily. Ngfr binds to nerve
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growth factor (Ngf) and other neurotrophins, proteins that stimulate nerve growth

and regulate differentiation of sympathetic neurons and some sensory neurons

(Micera et al., 2007). By interacting with numerous co-receptors and activating

several signaling cascades, Ngfr acts in multiple context-dependent biological func-

tions, including neuronal cell death and survival, neurite outgrowth, and neuronal

differentiation. Ngfr signaling is thought to play a role in several human neurode-

generative conditions including Alzheimer’s disease (for reviews see Chao (2003),

Nykjaer et al. (2005), and Underwood and Coulson (2008).

Most vertebrate genomes contain the Ngfr gene as well as several related genes,

such as neurotrophin receptor homolog 1 (Nrh1) in Xenopus (Bromley et al., 2004)

and neurotrophin receptor like death domain protein (Nradd, also known as Nrh2) in

mammals (Kanning et al., 2003; Murray et al., 2004; Wang et al., 2003); Nradd

(Nrh2) encodes a severely truncated extracellular protein domain in rodents but has

become a pseudogene (NRADDP) in human.

Zebrafish has become increasingly popular as a model organism for the study of

human neurodegenerative diseases, adult neurogenesis and neuronal regeneration (see

e.g., Kabashi et al. (2010), and Kaslin et al. (2008)). The teleost ngfr gene family is

poorly characterized at present and expression data are available for only one of several

zebrafish ngfr-related genes (Brosamle and Halpern, 2009). Thus, for connectivity of

the fish model to humans and other tetrapods, it is essential to identify orthologs of

tetrapod Ngfr gene family members in zebrafish and other teleosts unequivocally.

The zebrafish genome (Zv9) includes four ngfr-related genes: ngfr located on

zebrafish chromosome 16 (Dre16); ngfra on Dre3; ngfrl on Dre12; and

ENSDARG00000089223, which is currently not listed in ZFIN and is likely to have

arisen in a tandem duplication event because it resides adjacent to ngfrl and is

transcribed in the same orientation. Other teleost genomes (stickleback, medaka,

fugu, and the green spotted pufferfish) show a similar situation, with the exception

that ngfrl lacks a neighbor related to the zebrafish ENSDARG00000089223 gene;

thus, the ngrfl-ENSDARG00000089223 tandem duplication event occurred in the

zebrafish lineage after it diverged from the percomorph lineage.

A phylogenetic tree rooted on related members of the human TNFR superfamily

shows that the vertebrate Ngfr protein family consists of two major clades (Fig. 4A).

One clade includes tetrapod Ngfr and two paralogs in teleosts (Ngfra and Ngfrl). The

second clade includes Nradd/Nrh2 in mammals, Nrh1 in non-mammalian tetrapods,

and the third Ngfr protein in teleosts. The following discussion illustrates the use of

the Synteny Database (Catchen et al., 2009) to investigate relationships and origins

of vertebrate Ngfr family members in detail with particular focus on understanding

the origin of the zebrafish genes and the identification of their human orthologs.
B. How are Zebrafish and Teleost NGFR Genes Related to Other Vertebrate NGFR Genes?
In the Synteny Database (http://teleost.cs.uoregon.edu/synteny_db/), we select

‘‘Danio rerio’’ as source and ‘‘Homo sapiens’’ as outgroup, type in ‘‘ngfr’’ as the

‘‘gene to search for’’, and chose a sliding window size of 100 genes. The Synteny

http://teleost.cs.uoregon.edu/synteny_db/
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Fig. 4 Maximum likelihood phylogeny of vertebrate Ngfr-related proteins. Zebrafish has four different

proteins (arrows). Clade designation includes ENSEMBL or GenBank accession numbers as well as

chromosomal locations of zebrafish (Dre) and human (Hsa) genes. Current nomenclature appears to the

right of the diagramwith teleost proteins annotated according to ZFIN nomenclature. The tree is rooted on

human TNFRSF4 and TNFRSF4 proteins. Bootstrap support values above 50 are shown (100 pseudor-

eplicates). (See color plate.)
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Database returns, among other items, three orthologous pairwise clusters that com-

pare the human NGFR region on Hsa17 to regions containing ngfr-related genes in

the zebrafish genome, including parts of Dre3 (NGFR: #148114), Dre12 (NGFR:

#145024), andDre16 (NGFR: #144872) (Fig. 5). The humanNGFR region onHsa17

shares extensive conserved synteny with the zebrafish ngfra region on Dre3 that

includes 205 gene pairs (Fig. 5A) and with the ngfrl-ngfr tandem duplication region

onDre12 that includes 150 gene pairs (Fig. 5B). In contrast, the orthologous pairwise

cluster between Hsa17 and Dre16 shows a weakly conserved synteny that involves
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Fig. 5 Ngfr orthologous pairwise clusters from the Synteny Database (zebrafish vs. human). A. The

portion of human chromosome 17 (Hsa17) surrounding NGFR shares extensive conserved synteny (205

gene pairs) with the ngfra region on zebrafish chromosomes Dre3. B. The NGFR region of Hsa17 also

shares substantial conserved synteny with ngfrl-ngfr region of zebrafish on Dre12 (150 gene pairs). C.

Conserved synteny between Hsa17 and the third zebrafish ngfr region, the one on Dre16, consists of only

three gene pairs, including ngfr itself. (See color plate.)

15. Conserved Synteny and the Zebrafish Genome 275
just three rather distantly located gene pairs (Fig. 5C). This result parallels the

finding from the phylogenetic analysis that showed a topology consistent with

the interpretation that ngfra and ngrfl-ngfr are co-orthologs of the human NGFR

gene (Figs. 4, 5A, 5B). Furthermore, the large extended shared conserved syntenies

in Fig. 5A,B supports the hypothesis that the ngfra and ngfrl paralogs arose during a

large-scale duplication event, i.e., during the TGD. In fact, Dre3 and Dre12 are

classic examples for paralogous zebrafish chromosomes being derived from a com-

mon ancestral teleost protochromosome and duplicated during the TGD (they con-

tain, for example, the hoxbb and hoxba clusters, respectively) (Amores et al., 1998;

Postlethwait et al., 1998; Woods et al., 2005). Evidence of relatedness from the tree

and from the conserved syntenies suggests a revision of zebrafish gene nomencla-

ture to reflect genomic relationships better. Because ‘‘a’’ and ‘‘b’’suffixes commonly

distinguish TGD co-orthologs, the correct name for ngfra on Dre3 should be ngfr1a

and proper nomenclature for the two genes on Dre12 should become ngfr1ba

and ngfr1bb.
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But how is the zebrafish Dre16 gene ngfr, which we now call ngfr2, related to the

human Hsa17 gene NGFR? To answer this question, we turn to the dotplot capabil-

ities of the Synteny Database. This implementation starts with the first gene on an

index chromosome, here Hsa17, and then looks for that gene’s zebrafish ortholog or

co-orthologs.When it finds an ortholog, it puts a point on the zebrafish chromosome

directly vertical to the human gene. The system then moves to the second gene on

Hsa17, places another point on the zebrafish chromosome that contains the ortholog,

and then continues marking zebrafish orthologs as it moves down the human chro-

mosome. Note that the query chromosome, in this case Hsa17, specifies gene order,

not the order of genes on subject chromosomes, in this case zebrafish chromosomes

1 to 25. Users can select genes to highlight on the output graph, here NGFR. In the

output, which can be downloaded as a PDF, paralogons (paralogous chromosome

segments) appear as rows of clustered dots on the same subject chromosome, in this

case, most notably Dre3 and Dre12 (Fig. 6). Two paralogous regions in the zebrafish

genome corresponding to a single human chromosome region provide a signature of

the TGD. As illustrated by the orthologous pairwise cluster in Fig. 5B,C as well as by

the dotplot representation in Fig. 6A, syntenic relationships between the zebrafish
[(Fig._6)TD$FIG]

Fig. 6 Synteny dotplots from the Synteny Database. A. The ngfr regions on Dre3 and Dre12 share

extensive conserved synteny with the human NGFR region on Hsa17. The ngfr region on Dre16, in

contrast, does not share extensive conserved synteny with Hsa3. B. The ngfr region on Dre16 shares

extensive synteny with the humanNRADD/NRH2 pseudogene region on Hsa3. Note that Dre19 contains a

region of extensive conserved synteny with Hsa3 but does not contain an ngfr-related gene. C. Circle plot

of the human genome derived from the Synteny Database. Using the amphioxus genome as outgroup,

paralogies of 40 Mb surrounding the NGFR region on Hsa17 (green) and the NRADD pseudogene region

on Hsa3 (blue) are plotted onto the entire human karyotype. Paralogies directly connecting Hsa17 and

Hsa3 are shown in red. Hsa2, Hsa7 and Hsa12 contain additional regions of substantial paralogy. This is in

agreement with a previous reconstruction of the ancestral vertebrate karyotype, which predicted that each

of these human chromosomes is derived from the protochromosome E (Nakatani et al., 2007). Post-R2

genome duplication chromosome nomenclature given in boxes: E0-E3. (See color plate.)
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ngfr2 region (Dre16) and the humanNGFR region (Hsa17) are basically restricted to

the Ngfr gene itself, suggesting that the chromosome segments bearing these genes

(Hsa17 and Dre16) may not be closely related.

To identify the region of the human genome that contains a chromosome segment

related to the ngfr2 region in zebrafish, note that the zebrafish ngfr2 region shares

extensive conserved syntenies to human chromosome 3 (Hsa3) (Fig. 6B): On Dre16,

ngfr2 is flanked by nbeal2 and setd2. Significantly, in the human genome, NBEAL2

and SETD2 flank theNRADDP pseudogene on Hsa3. This region of Hsa3 also shares

many conserved syntenies with Dre19 (Fig. 6B). Large parts of Dre19 are known to

be paralogous to Dre16 (they contain the hoxaa and hoxab clusters, respectively

(Amores et al., 1998)) and they were generated during the TGD. This evidence

suggests that the teleost duplicate of ngfr2 would have originally been on the

ancestor of Dre19 and was lost after the TGD from zebrafish and other sequenced

teleost genomes.

A comparison of the human and mouse genomes is also instructive. Genes in the

region of mouse (Mus musculus) chromosomeMmu9 have human orthologs in same

gene order as Hsa3: Nbeal2-Nradd(Nrh2)-Setd2. Moreover, the Nrh1 gene in

chicken and in Xenopus are both located next to an ortholog of Setd2. We therefore

conclude that ngfr2 in teleosts, Nradd/Nrh2/NRADDP in mammals, and Nrh1 in

non-mammalian tetrapods are all orthologous, despite their varied names. Collec-

tively, calling these genes Ngfr2 rather than the current set of haphazard names

would reflect more accurately their orthologous nature and would suggest a para-

logous relationship with Ngfr, which probably should become Ngfr1.

The circle plot option of the Synteny Database provides a dramatic visualization

of paralogies within a genome or orthologies between genomes (Fig. 6C). Circle

plots link paralogs or orthologs with colored lines from their positions on selected

chromosomes to their corresponding elements on other chromosomes arrayed about

the circumference of the circle. The circle plot option can search for conserved

synteny between the two Ngfr regions as well as relationships to other regions in the

human genome. For example, Fig. 6C shows that the NGFR1 (Hsa17) and NGFR2

(Hsa3) regions share many conserved syntenies (red lines). In addition, these two

regions share conserved syntenies with other chromosomes, especially Hsa2, Hsa7,

and Hsa12. This suggests that the NGFR regions evolved by duplication of larger

genomic blocks, probably during the vertebrate R1 and R2 genome duplications

(note that Hsa2, 7, 12, and 17 contain HOXD, HOXA, HOXC, and HOXB, respec-

tively). In fact, conserved synteny analysis has suggested that all the aforementioned

regions in the human genome are derived from the ancestral vertebrate pre-R1/R2

protochromosome E (Nakatani et al., 2007; Sundstrom et al., 2008).
C. A Model for Vertebrate NGFR Gene Family Evolution
Taking results from the Synteny Database into account, we propose a new model

for the evolution of vertebrate Ngfr genes (Fig. 7). According to the model, a single

proto-Ngfr gene (Ngfr1/2/3/4) present on vertebrate protochromosome E duplicated
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Fig. 7 Model and revised nomenclature suggestion for the evolution of vertebrate Ngfr genes. After

three rounds of genome duplication (R1, R2, TGD), several teleost fish have three ngfr genes. Tetrapod

genomes often contain two Ngfr ohnologs (Ngfr1 and Ngfr2) that evolved along with other genes on the

descendents of vertebrate protochromosome E. The mammalian Ngfr2 gene suffered extensive remodel-

ing in its extracellular domain, evolving into the unusual Nradd/Nrh2 configuration. Abbreviation: OGM

ohnolog gone missing. (See color plate.)
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during the R1 genome duplication and gave rise to the ancestral genes Ngfr1/3 and

Ngfr2/4, the progenitors of Ngfr1 and Ngfr2. The R2 genome duplication event then

produced four Ngfr genes (Ngfr1, Ngfr2, Ngfr3, and Ngfr4), followed by the loss of

Ngfr3 from the Ngfr1/3 clade and Ngfr4 from the Ngfr2/4 clade. Thus, the extant

vertebrate Ngfr1 and Ngfr2 genes are ohnologs that share a common ancestry dating

back to the R1 genome duplication, whereas the hypothesizedNgfr3 andNgfr4 genes

became ohnologs gone missing, with their old chromosome neighborhoods (Hsa2

and Hsa12) still detectable by their possession of numerous pairs of paralogous

genes. Ngfr3 and Ngrf4 may still be present in more basally diverging vertebrate

lineages, such as jawless and cartilaginous fish. This new nomenclature, informed

by conserved synteny analysis, is sufficiently robust to integrate these genes if they

are discovered.

After the divergence of the rayfin and lobefin lineage, the TGD resulted in

duplication of both ngfr1 and ngfr2, giving rise to ngfr1a and ngfr1b, which both

persist in zebrafish, and to ngfr2a and ngfr2b, the latter of which was lost in the
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teleost lineage. In the zebrafish lineage, ngfr1b again became duplicated, but now in

tandem (not diagrammed in Fig. 7). Evolution in the mammalian lineage resulted in

restructuring of Ngfr2 by truncation of the extracellular domain to become recog-

nized as Nradd in many mammals, and in the further degradation of NGFR2 in the

human genome, which finally became the pseudogene NRADDP.

This case study shows how to use the Synteny Database to help discover the origin

of zebrafish genes and reveal their true relationships as orthologs and paralogs to

genes in humans and other taxa. In this case, conserved synteny analysis shows the

advantage of considering neuronal cell signaling and other biological processes in

zebrafish in a rigorous phylogenetic framework. For example, studies in zebrafish

will help to infer the function of theNgfr2 gene in themammalian ancestor before the

remodeling of the extracellular domain.Murine Ngfr2 is thought to be involved in the

regulation of Ngf signaling by intracellular interaction with Ngfr and its co-receptors

(Kim and Hempstead, 2009; Murray et al., 2004; Wong et al., 2008). Testing zebra-

fish Ngfr2 protein for such interactions will help to clarify whether or not these

interactions are attributable to the mammal-specific restructuring of Ngfr2.
V. Zebrafish, Conserved Syntenies, and the Teleost Genome
Duplication
Teleost genomes appear to be rearranged with respect to mammalian chromo-

somes (Jaillon et al., 2004; Nakatani et al., 2007; Postlethwait et al., 1998). One

hypothesis to account for this observation is that the TGD facilitated chromosome

rearrangements, which disrupt conserved syntenies; this idea, however, is contro-

versial (Comai, 2005; Hufton et al., 2008; Semon and Wolfe, 2007). An alternative

hypothesis is that chromosome restructuring occurred either in the long lineage

leading to humans after the divergence of rayfin fish (including zebrafish) from

lobefin fish (including humans). To determine whether the chromosomal rearrange-

ments that distinguish human and zebrafish genomes occurred mostly in the zebra-

fish lineage after divergence from percomorphs, primarily after the TGD in the

teleost lineage, or mainly before the TGD either in the rayfin stem or in the lobefin

lineage, we need to examine a genome representing a lineage that diverged from the

zebrafish lineage before the TGD but after the divergence of rayfin fish and lobefin

fish. Although no full genome sequence represents the needed taxon, a recent

genetic map of spotted gar (Lepisosteus oculatus) (Amores et al., 2011) contains

nearly 1000 coding markers, which is sufficient to test the two hypotheses. A

modified RBH-based analysis of conserved syntenies shared between human or

gar with the genomes of zebrafish or stickleback revealed unexpected conservation

between human and gar compared to the conservations between either human or gar

and the teleosts (Fig. 8). These results are consistent with the hypothesis that

chromosome rearrangements and the loss of ancestral syntenies accelerated after

the TGD. This result supports the hypothesis that WGD can facilitate syntenic

rearrangements.
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Fig. 8 Comparison of conserved syntenies between zebrafish and stickleback with respect to gar and

human. Branch lengths are proportional to conserved syntenies, which were estimated from the average

number of gar (or human) chromosomes that contain orthologs of genes on a teleost chromosome divided

by the number of chromosomes in gar (or human) normalized to divergence times in millions of years

(zebrafish/stickleback, 220 mya (million years ago); teleosts and gar, 340 mya; rayfin and lobefin fish,

440 mya (Inoue et al., 2005)). Branch lengths between gar and human are much shorter than those

connecting either gar or human to teleost genomes. Branch lengths were calculated as the average number

of chromosomes of one species that contain orthologs of a chromosome of the compared species per

100 million years of divergence time.
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The acceleration of synteny-breaking rearrangements by genome duplication

could occur by any of several possible mechanisms. Duplicated homologous coding

elements can provide numerous substrates for illegitimate recombination between

homeologous (paralogous) chromosomes; such recombination events would stimu-

late chromosome translocations and hence would disturb conserved syntenies

(Comai, 2005). In addition, after a WGD – and especially in the case of autotetra-

ploidy – natural selection would favor karyotypes in which one member of a pair of

homeologs was rearranged relative to the other because such rearrangements would

reduce the pairing of the four homeologous chromosomes in meiosis, thereby

hastening rediploidization, decreasing the production of aneuploid offspring, and

improving fitness (Comai, 2005).
VI. Summary
This chapter discussed principles behind the analysis of conserved syntenies to

help identify gene histories and hence to identify orthologies and paralogies between

zebrafish and other organisms. Discussion focused on describing algorithms under-

lying the Synteny Database, and then utilized tools provided at the Synteny Database

web site to improve our understanding of the evolution of the Ngf receptor gene

family. Finally, the work showed that chromosome rearrangements in zebrafish and

other teleosts likely accelerated in the fewmillion years after the TGD but before the

divergence of zebrafish and stickleback genomes. Application of the analysis of

conserved syntenies to enigmatic zebrafish genes can help to improve the connec-

tivity of zebrafish and human genomes and thus can facilitate the translation of

biomedical information from zebrafish models of human disease to human biology.
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Abstract
Zebrafish genome sequencing project has improved efficiency of positional clon-

ing in zebrafish and traditional chromosome walking by isolating large insert geno-

mic libraries has become a past. However, the genetic principles underlying the

positional cloning still form the foundation for current chromosome walking using

the genome sequence assemblies and related genomic sequence and clone informa-

tion. This guide intends to summarize our accumulated experience in positional

cloning using the current genomic resources and tools, and provide a practical guide

to positional and/or candidate cloning of mutants of interest.
I. Introduction
Zebrafish is a vertebrate genetic system. Its forward genetics offers a powerful

tool to study gene functions in vertebrate during development in embryos and adults.

More targeted forward genetic screens can be designed to learn in vivo gene func-

tions in different cell types and tissues. Several genome wide diploid screens have

been executed using a variety of assays. At the same time, many smaller scale

mutagenesis screens, either in diploid or haploid, have taken place in laboratories

worldwide. Although many of these mutants with interesting phenotypes have been

isolated, a large number of these mutants are still waiting to be cloned.

Mutant mapping and cloning are based on chromosome recombination events in a

diploid genome, when paternal and maternal genetic materials from different (poly-

morphic) genetic backgrounds exchange during oogenesis and spermatogenesis.

These recombination events can be followed by background specific polymorphism,

represented by molecular markers throughout a genome. Recombination frequen-

cies between any two loci on the genome are used to measure genetic distances

between them in one or multiple families that possess polymorphism at these loci,

monitored by recombination of polymorphic genomic markers represent these two

loci. Polymorphism is defined by unique repeat length or DNA sequence of a locus in

a diploid genome. Recombination frequency is proportional to their physical dis-

tances between any two loci. Two Loci from parental genomes on separate chromo-

somes should be randomly segregated into genomes of next generation at a 50%

ratio, aMendel segregation. In theory, any segregation rates between two loci that are

smaller than 50% indicate that these two loci may locate on the same chromosome or

genetic linkage group. This forms the foundation for the initial step in mapping a

mutant.

The goal of positional cloning is to find the link between a biological phenotype

and genomic sequence alterations that can be point mutations or sequence insertions

or deletions. This is achieved by first linking known markers, genomic landmarks

that have a known location on the genome, to a phenotype causing mutation. These
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markers are different in nucleotide sequences. These differences can be assayed and

visualized by gel electrophoresis (Simple Sequence Length Polymorphism markers

(SSLP)) – measurement of the difference in number of simple sequence repeats in

the same genomic location on different genetic backgrounds; Restriction Fragment

Length Polymorphism (RFLP) – detection of different genomic fragmentation pat-

terns from different genetic backgrounds using region specific probes; a differential

hybridization using ASOs (Allele Specific Oligonucleotides) or SNP chip; allele-

specific real-time PCR using KASPAR platform from Biosciences, or direct

sequencing of DNA fragment from the polymorphic region. In the following posi-

tional cloning process, a mutated genomic region is narrowed to an interval of a few

genes by closer and closer linked polymorphic genetic markers. Eventually, the

mutant is cloned after a functional sequence alteration is identified and confirmed

by detection of sequence variation between mutant and wild-type siblings.

The process of positional cloning involves unique issues for all organisms.

Success is usually based on experience. Because the Zon laboratory at the

Children’s Hospital of Boston has used positional cloning to isolate tens of zebrafish

genes in lab and collaboration projects, we as a team have accumulated significant

experience in the process. This guide summarizes this experience and shares prac-

tical and helpful tips with researchers, who study and work with zebrafish and needs

to clone their mutants of interest. We hope it can increase mutant mapping and

cloning efficiency and avoid unnecessary difficulties in the process and allow more

resources to focus on learning interesting biology from mutagenesis screens.

This guide was first written at the time when the zebrafish genome sequence

assemblies were improving. Many positional cloning projects were in regions where

no reliable sequence assemblies were available for researchers to do chromosome

walk electronically. With the latest genome assembly (Zv9), many of the chromo-

somewalk discussion use large insert genomic clones are no longer necessary unless

a mutant is mapped to an assembly region that is less reliable and did not agree with

one’s genetic mapping data. We decided to keep most of the chromosome walk

discussions and would like to advise readers to use this guide selectively based on

specific needs of individual cloning projects.
II. Mapping Strains
Many of the problematic issues concerning positional cloning in zebrafish (Danio

rerio) arise from the genetic polymorphisms in the individual strains of zebrafish. In

the Zon Laboratory, we have typically used the AB or TU (Tubingen) strains for

mutagenesis screens. Mutants should he maintained in the laboratory strains that

were used to create the mutants. These and all other widely available zebrafish

strains are not entirely inbred. Given genetic polymorphisms may or may not be

present in a given family of fish. No one should assume that zebrafish lines are as
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isogenic as inbred strains of mice. Therefore, it is very important to track poly-

morphisms in a mutant family by obtaining DNA samples usually from tail clips of

grandparents and parents in mapcrosses (see cross definitions in Section IV). This

tracking will enable an examination of all possible polymorphisms in progenies,

which subsequently become important in selection of close polymorphic markers to

genetically locate a mutant gene.

WIK and SJD, two zebrafish strains, are more polymorphic with respect to the AB

and TU strains and can therefore be used for genetic mapping of mutants on AB and

TU backgrounds. Strains used inmutagenesis andmapping can he interchanged; that

is, mutations can be created on WIK or SJD, and mapping can be done using AB or

TU strains. For our mutations on the AB background, a heterozygote carrier on the

AB strain is mated to WIK, and a mapping family is generated.

In the last phase of the zebrafish genome sequencing project, the Sanger Center

created a new strain, named SAT (Sanger AB Tubingen hybrid strain), for generating

a SNP-based high density genetic map. The parent genomes, a double haploid AB

genome and a double haploid Tu genome, were fully sequenced using Solexa high

throughput sequencing each with about 40� genome coverage. This strain is an

excellent candidate strain for both mutagenesis screening and positional cloning.

The Sanger Center has made the strain available at ZIRC for distribution. The field

will need to optimize the maintenance of this unique strain.
III. Families and Genetic Markers
Once mapcrosses have been created and heterozygote F1 mapping pairs have

been identified from these mapping families, it is important to tail clip and store the

DNA from these mapping pairs (parents) and their parents (grandparents) (e.g.,

the AB mutant heterozygote and WIK wildtype that created the mapcrosses are

the grandparents and the AB/WIK heterozygotes are the parents). Parent DNA and

grandparent DNA samples are helpful for analyzing usable polymorphisms in sub-

sequent mapping. Once flanking markers have been found in the initial mapping

stage, it is important to test the parents and the grandparents to determine which

mapping families (assuming multiple mapcrosses of different pairs of grandparents)

and/or parent pairs (from single or different mapcrosses) have usable polymorphism

that segregate the flanking markers in an easily interpretable manner. In other words,

it is best to collect embryos with suitable allele systems for intermediate- and high-

resolution mapping to narrow the genetic interval of the mutation loci. Once poly-

morphism has been determined, the mapping heterozygotes that are polymorphic

can be selectively used to create large mapping panels that are polymorphic for the

flankingmarkers. Very frequently, if amutant does not map easily because of lacking

good polymorphic markers in one mapcross family, examining another mapcross

family is very helpful. It is recommended to create multiple mapcross families using

different grandparent pairs at early stage of cloning to save time (at least 6 months)

on fish breeding.
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IV. Crosses for Line Maintenance and Mapping
For the purposes of this discussion, we should note that mutagenesis is performed

with AB, and WIK is the polymorphic strain used for mapping. In addition, the

reader should assume that the mutation of interest is homozygous embryonic lethal,

and lines must be maintained as heterozygotes.
Definitions

Incross: Sibling cross

Outcross: AB (mutant)/AB (wildtype) heterozygote � AB/AB wildtype

Mapcross: AB (mutant)/AB (wildtype) heterozygote �WIK/WIK wildtype

Backcross: AB (mutant)/WIK (wildtype) heterozygote �WIK/WIK wildtype
For long-term line maintenance, we keep the mutation on the same strain in which

mutagenesis was originally performed (in this case AB) so that we do not jeopardize

future mapping efforts by introducing additional polymorphism into the mutant

genetic background. For this purpose, one could perform an AB (mutant)/AB

heterozygote incross or an outcross. Outcrosses are generally preferable because

they help dilute out other recessive mutations that are acquired during the ENU

mutagenesis and are not linked to the phenotype of interest. Using mapcrosses or

backcrosses for line maintenance is problematic because recombination can result in

a polymorphism loss of distant linked markers that could be critical for future low-

resolution mapping (see Section VI.A).

For mapping, polymorphic hybrid strainsmust be created through amapcross. The

offspring are raised, half of which will be heterozygotes. Heterozygotes are identi-

fied by multiple random paired incrosses, and identified individual heterozygote

pairs are set aside in isolation tanks for ongoing collection of homozygous mutant

and sibling wildtype (homozygous and heterozygous) embryos from these paired

incrosses. If we cannot collect enough embryos in that generation and/or the close

flankingmarkers are not found, we turn to the newest generation of the heterozygotes

on original strain background [AB (mutant)/AB (wildtype)] and perform another

mapcross to repeat the process. We do not raise embryos from an AB (mutant)/WIK

(wildtype) incross because recombination in this generation renders the next gen-

eration of embryos useless for mapping. If, however, close markers flanking the

mutation are available, a backcross (ideally the same WIK (wildtype) is used in this

cross and see the next paragraphs on backcrosses) can be performed to generate a

large number of parents with identical polymorphisms for fast collection of a large

mapping panel. If the markers are agarose scorable, meaning that a length polymor-

phism can be resolved and visualized using high resolution agarose gel electropho-

resis), the potential exists to identify large numbers of parent heterozygotes with a

good allele system by tail clipping instead of mating. However, we have to keep in

mind that one can only learn about polymorphism of markers tested and cannot

predict polymorphism of newmarkers that have not been tested in a given family and

are closer to mutation loci. Thus, it is critical to keep track of family history of

individual embryos in the panels. In cases where no informative polymorphism at
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closer markers in a particular family during mapping, we will not use this family on

the mapping panel for estimating genetic distances.

Using a high-throughput PCR format, we have identified up to 50 heterozygote

pairs from a single generation of a mapping cross in a week. It is critical to tail clip

the parents used in the mapping incrosses as well as tail clip the grandparents used

for the mapcrosses so the allele system can be accurately followed in the next

generation. To facilitate this process and backcrosses, it is useful for a laboratory

to have isolated several (about 10) tail-clipped wild-type fish (in this example, WIK

is used). Before the backcross is performed, the tail-clipped WIK wildtypes are

screened with close flanking markers along with tail-clip DNA from the AB

(mutant)/WIK heterozygote to establish which WIK wildtype has the best allele

system for following the mutation. These WIK wildtypes are then used for the

backcross. It is recommended to double check the allele systems of every parent

pair used to produce the mapping panels.

When identifying heterozygotes for backcrosses by tail-clip DNA, it is important

to remember that there will be a defined error rate due to recombination. The

magnitude of the error depends on the distance between themarker and themutation.

The recombination rate in males is several fold lower than in females; therefore, if

flanking markers are still somewhat far from the mutation, one should consider

doing a backcross in which the AB (mutant)/WIK is male and the WIK wildtype is

female. The goal here is to lower the chance for possible recommendations that take

place between the identified marker and your mutation of interest in any

backcrosses.
A. Choosing Grandparents and Parents for Better High-resolution Mapping
Usually after low-resolution mapping, our laboratory segregates individual WIK

fish and then genotypes them. The goal is to select alleles of known markers in the

system that represents the best advantage for our intermediate- and high-resolution

mapping purposes (Section VI).
B. Microsatellite Marker – Agarose Scorable
We have undertaken a large-scale approach to evaluate microsatellites (available

from the Fishman laboratory) for their ability to be scorable on an agarose gel

(Massachusetts General Hospital, 2001) (http://zebrafish.mgh.harvard.edu/).

Through this analysis, we realized that SJD fishes were mostly isogenic; however,

the strain has some regionswith polymorphisms. SJD allows for easier mapping than

WIK, but the strain is difficult to maintain and cannot be propagated in our labora-

tory. SJD males can be obtained and used to fertilize eggs in vitro from heterozygote

females carrying the mutation for creating mapping families. The WIK strain works

well, but it is very polymorphic between individual fish (not inbred). We useWIK in

most of our mapping. We have put together a new mapping panel (288 CAs) for

http://zebrafish.mgh.harvard.edu/
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genome-wide scan. A list of thesemarkers can be downloaded at http://zfrhmaps.tch.

harvard.edu/ZonRHmapper/positionCloningGuide/288LowResScanCAsMay2006.

htm.
C. SNP Markers
Single nucleotide polymorphism (SNP) is the most common sequence polymor-

phism in genomes. It was estimated that there was 1 SNP in every 145 bp nucleotide

sequence between C32 and SJD strains. By comparing genomic sequences from a

double haploid AB and a double haploid Tu, larger than 10 million SNPs were

observed. Given the quality of current genome sequence assembly (Zv9), research-

ers can feel confident that majority mutants can be mapped and cloned using known

and unknown SNP markers that are present in a giving mapping family. However, a

selected mapcross family will make the mapping and cloning process faster and

easier. Genotyping SNP markers in general can be achieved by allele specific real-

time PCR analysis, SNP microarray chip hybridization, direct sequencing of a SNP

region, and even random whole-genome sequencing using next generation sequenc-

ing technologies. Different genetic backgrounds will likely be polymorphic at a

subset of SNP sites found in public sequences. Your mapping families could have

their unique set of SNPs. Design of new SNP assays is necessary. We listed three

most commonly used SNP genotyping methods.
1. Allele Specific Quantitative PCR
Allele specific quantitative PCR is limited in bulk mapping since the required

fluorescent reagents can be expensive and have short shelf life. The primer design

and testing and requirement of using fluorescent primers also limit its application

during the initial mapping ofmutants. However, KBioscience in England, Britain has

developed a zebrafish SNP panel containing 1073 SNPs, that can be used to map and

genotype mutants. Additional information is available at http://www.kbioscience.

co.uk/. Established SNP assays can be ordered and custom assays can be designed by

submitting SNP sequences to KBioscience. SNP genotyping services and/or ready-

to-use assays can then be ordered.

KBioscience has decided to discourage SNP assay design by individual researcher

using their online tool, Primer Picker. Currently, researchers have to register a user

account online at http://www.kbioscience.co.uk/application form.html before sub-

mitting sequences for custom SNP assay design using SNP genotyping service.

Users can choose to use KBioscience genotyping service for genotyping the samples

or order the assay kits for running genotyping assay in their own labs. In both cases,

ones will need to follow detailed instruction on how to conduct SNP assay using

the KASPar system. The detailed manual including data analysis can be found at

http://www.kbioscience.co.uk/download/KASP%20manual.pdf and at http://www.

kbioscience.co.uk/reagents/KASPar_SNP_Genotyping_System_Leafletv6.3.pdf.

http://zfrhmaps.tch.harvard.edu/ZonRHmapper/positionCloningGuide/288LowResScanCAsMay2006.htm
http://zfrhmaps.tch.harvard.edu/ZonRHmapper/positionCloningGuide/288LowResScanCAsMay2006.htm
http://zfrhmaps.tch.harvard.edu/ZonRHmapper/positionCloningGuide/288LowResScanCAsMay2006.htm
http://www.kbioscience.co.uk/
http://www.kbioscience.co.uk/
http://www.kbioscience.co.uk/application%20form.html
http://www.kbioscience.co.uk/download/KASP%20manual.pdf
http://www.kbioscience.co.uk/reagents/KASPar_SNP_Genotyping_System_Leafletv6.3.pdf
http://www.kbioscience.co.uk/reagents/KASPar_SNP_Genotyping_System_Leafletv6.3.pdf
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2. SNP Chip Hybridization
There have not been any commercial zebrafish SNP genotype microarray plat-

forms available. A SNP genotyping microarray containing 2000 SNPs derived from

4000 on the zebrafish heat shock genetic mapping was developed in Talbot’s lab

(Stickney et al., 2002). Guryev et al. (2005, 2006) identified more than 50,000 SNPs

by examination of sequence differences between ESTs and whole genome random

shotgun sequences. Later, Bradley et al. (2007) at Vanderbilt University has found

645,088 SNPS from public zebrafish sequences and established a custom SNP

genotyping slide array containing about 200,000 validated SNPs. Recently in the

genome sequencing project at the Sanger Center, over 10 million SNPs were dis-

covered by whole genome sequencing of two double haploid fish, one AB and one

TU. 200,000 SNPs were used to design a custom SNPAffymetrix genotyping chip.

This valuable tool will be available for zebrafish genotyping and mapping projects.

Affymetrix provide a general protocol for using Affymetrix SNP genotyping

arrays. It is recommended to follow the protocol at http://gegf.net/web/wp-con-

tent/uploads/2008/03/genomewidesnp6_manual.pdf closely when using the zebra-

fish SNP array. DNA samples used for the array needs to be free of PCR inhibitors

and not highly degraded. Any DNA contamination from other fish DNA or non-fish

DNA should be avoided. Affymetrix SNP chip can work with amplified DNA using

whole genome amplification kits. RpliG from Qiagen has been tested by Affymetrix

and can work well with the Affymetrix SNP array system. It is also a good idea to

discuss genotyping details with an Affymetrix core, where the prehybridization

process of genomic DNA and hybridization will take place, to make sure all require-

ments are met and informative genotyping information can be obtained since SNP

chip hybridization is still very expensive when it is compared to traditional agarose

and polyacrylamide gel analysis.

One important consideration is that only 20–30% polymorphic markers are

expected to remain polymorphic in a given family. The number of SNPs on a SNP

panel needs to be large enough to include all SNP haplotypes at each genomic locus

and to have multiple markers representing a genomic region. This can insure even

coverage of the genome with polymorphic markers in any mapping projects. The

limitation of the real time PCR and SNP chip array approaches is that the mapping

resolution is still dependent on the frequency of genetic recombination. High-resolu-

tion mapping can only be achieved by increased genotyping of individuals in a family.

However, it can get expensive when a large number of genomes need to be genotyped.
3. Direct Sequencing of the SNP Containing Region
Very often, candidate genes in a genetic interval will be sequenced at cDNA or

genomic levels in the final stage of positional cloning.We have found family specific

SNPs will be discovered between mutant and wild-type backgrounds. These SNPs

are useful to further narrow down the genetic region. Here, direct sequencing can be

used especially after the high resolution mapping when small-size recombinant

http://gegf.net/web/wp-content/uploads/2008/03/genomewidesnp6_manual.pdf
http://gegf.net/web/wp-content/uploads/2008/03/genomewidesnp6_manual.pdf
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panels from both sides of a mutation have been established. The SNP regions are

amplified by PCR using about 20 ng genomic DNA. Amplified PCR products are

purified to remove excess primers and submitted for Sanger sequencing. Sequences

from wildtype and mutant genomes are then aligned using sequence alignment

programs and SNP genotypes are called. In heterozygous situation, SNP sites can

only be scored using sequencing electropherogram and heterozygous SNPs should

appear as double peaks of both wildtype and mutant nucleotides.

SNPs can also be assayed by allele specific oligonucleotide hybridization (ASO),

(Farr et al., 1988; Wood et al., 1985) SSCP, and direct sequencing. These methods

have been discussed in previous edition of the protocol and will not be discussed in

details here
V. Preparation of the DNA
If the embryos are not hatched, chorion is removed before preparing DNA from

these embryos. We place the embryos individually into wells of a 96-well plate. We

then remove excess buffer and store them dry or in methanol. These samples should

be kept at �20 �C. Embryos can also be stored together at �20 �C after dehydrated

in methanol and arrayed into a 96-well plate when DNA preparation is needed.

When working with embryos frozen or methanol preserved, plates should be kept

on ice unless otherwise noted. To prepare the embryos, remove all methanol or

excess liquid from the wells. All of the following incubation steps can be carried out

in a PCR machine:
1.
 Add 50 mL of lysis buffer (composition follows) to each well and incubate at

98 �C for 10 min to lyse cells. Quench on ice or 4 �C in the PCR machine.
2.
 Add 5 mL of Proteinase K (10 mg/mL stock) to degrade proteins.
3.
 Incubate at 55 �C for at least 2 h. We recommend at least one mixing during the

PK incubation to increase consistency of the DNA preparations. This incubation

can also be left to run overnight. The longer the incubation time, the cleaner the

DNA tends to be.
4.
 Incubate at 98 �C for 10 min after a 55 �C incubation to destroy Proteinase K.

Quench on ice or a 4 �C sink in PCR machine (a 10 �C sink in PCR machine is

better for PCR machines especially in an overnight procedure).
5.
 Spin down lysed embryo debris at 4000 rpm for 10 min.
6.
 Draw off supernatant into a clean 96-well plate.
7.
 Dilute as necessary.

Embryo Lysis Buffer

Solution: 1 � PCR buffer made to 0.3% Tween 20 (10% stock) and 0.3% NP40

(10% stock)
For 10 mL of embryo lysis buffer, use the following:

10 mL PCR buffer (see following composition)
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300 mL NP40, 10% stock

300 mL Tween 20, 10% stock
PCR Buffer

Solution: 10 mM Tris-HCl, pH 8.3, and 50 mM KCl
For 50 mL of buffer, use the following:

500 mL 1 M Tris, pH 8.3 (autoclaved)

2.5 mL 1 M KCl

47 mL sterile ddHzO
Commercial kits can be used to isolate high quality DNA samples for real-time

PCR and SNP chip analysis. Please follow the instructions provided by KBioscience

and Affymetrix. When sample numbers are small, proteinase K digestion followed

by careful phenol–chloroform extractions should yield high quality DNA samples

for these applications.
VI. Mapping Genes

A. Low-resolution Mapping – Bulk Segregant Linkage Analysis
The preferred method for low-resolution mapping of a mutant to a particular

chromosome is the bulk-segregant analysis. This method makes use of scanning

microsatellite markers throughout the genome (Knapik et al., 1998; Shimoda et al.,

1999). The microsatellite markers on the genome wide scanning panel are pre-

selected for their agarose scorabilities due to large differences in the number of

simple repeats between different genetic backgrounds. We have successfully

mapped many recessive and dominant mutants using this approach.

The first step in mapping a recessive mutation to a chromosome is the generation

of mapping hybrids (AB (mutant)/WIK (wildtype)). To make this mapping cross, a

heterozygous AB (mutant)/AB (wildtype)) is mated to awild-typeWIK fish, and the

resulting F1 generation is raised. Practically, we generate 2–4 mapcross families

with different WIK founders to ensure an informative allele system is obtained

(because AB and WIK may share common alleles at certain genetic loci and WIK

is a polymorphic strain). To identify heterozygous F1 individuals, AB/WIK hybrids

are mated to each other (incrossed), and their clutches scored for the mutant phe-

notype and the mutant/wildtype ratio (1:3 mutant to wildtype). Once a pair of

heterozygous hybrids is found, they are mated, and their wild-type and mutant

progenies are both collected.

In addition, we tail clip the mapping heterozygotes to obtain DNA for tracking

the alleles carried in a family. For the initial low-resolution mapping, we use 40

mutants and 40 wildtypes from a single clutch. Two mutant pools of 20 and two

wild-type pools of 20 are made from these stocks. To make the pools, we take 8 mL
of the individual original stock DNA from each of the 20 individuals (mutant
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embryos for the mutant pool or wild-type embryos for the wild-type pool) to give

160 mL, and we dilute the pool DNA to 1.6 mL with water and use 4 mL of the

dilution for each PCR reaction. Lastly, we use the agarose-scorable microsatellite

markers in PCR reactions to scan the genome for linkage to the phenotype in a bulk

segregant analysis.

A bulk segregant analysis uses 288 agarose-scorable microsatellites that are

typed on a set of four DNA samples from wild-type and mutant embryos. Each

set contains two pools of 20 wild-type embryos each and two pools of 20 mutant

embryos each. PCR products are run on 2% agarose gels (1% regular resolution and

1% of high resolution agarose) at 200 V for 2 h to separate bands. Thus far, most

polymorphisms encountered have been subtle; hence, running the gels longer than

necessary is always better. Linkage is assumed when a band present in thewild-type

pools is absent in the mutant pools. The mutant band(s) may also have a size shift

when compared with the wildtypes. This may also indicate a linkage. It is the best

that embryos used for this stage and the intermediate mapping stage (see next

section) come from the same family. Occasionally, our laboratory is not able to

map a mutation in one family, and we have to test another family. It is critical that

the 80 embryos come from the same family. Introducing individuals with a different

set of alleles might lead to false positives, confusing allele segregations, and

inaccurate estimation of genetic distances. One might confirm linkage to a partic-

ular chromosome based on the pattern obtained with additional families. Very

frequently, we find linkage to more than one chromosome, but only one of these

linkages is real. To determine which microsatellite is truly linked, each positive

marker must be tested on individuals that are used to create the pools. By testing

individuals, chromosomal linkage is confirmed, and the distance between markers

can be evaluated.
B. Intermediate-resolution Mapping
The purpose of intermediate-resolution mapping is to position mutants between

close flanking markers that are scorable on an agarose gel. This technique allows us

to do high-resolution mapping with 1500 embryos with relative ease. Mapping with

this number of embryos is not always possible, but it is a goal worth striving for.

We use 8 wildtypes and 88 mutants for intermediate-resolution mapping. To

clone a mutant gene, flanking markers should ideally be less than 10 cM apart. We

scan microsatellites on the chromosome by ordering roughly six microsatellites

on the linked chromosome arm. If these microsatellites are not polymorphic, we

test another six markers until the mutation is linked to two flanking polymorphic

microsatellites on the chromosome arm. Based on this recombination mapping

strategy, it should be possible to determine the close flanking microsatellite

markers. Markers that are far away from the mutation should yield more recom-

binants than markers that are closer to the mutation. Markers that are on opposite

sides of the mutation should have different sets of recombinants, and markers that
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are on the same side of the mutation should share recombinants. We narrow down

the region by analyzing more microsatellites until we have markers that are 10 cM

(or less) apart or as close as possible. When we define microsatellite markers that

are polymorphic on an agarose gel and that are close enough to use as flanking

markers, we set up mapping crosses with zebrafish that have this allele system.

These new stocks of fish and validated flanking markers are then used for the

high-resolution mapping.
C. Fish Husbandry
The number of tanks needed to map amutant varies based on zebrafish sex ratio in

the tanks and on the ease of scoring the phenotype. We will typically generate eight

mapcross tanks or backcross tanks for a genetic mapping. Ultimately, we will

sacrifice most of these fish, but the goal is to have at least five pairs of fish with

an advantageous allele system so that genetic mapping can be conducted very

quickly.
D. Tempo
While working out the flanking polymorphisms and genotyping, it is important to

continue collecting mutant embryos. We find that between 1500 and 2000 embryos

are required for positional cloning. Assuming an interval of 600 kb/cM and ameiotic

recombination frequency of one per embryo (this is true for haploid individuals;

diploids have an average of 1.3 to 1.5 meioses/individual – one from the mother and

0.3–0.5 from the father) will give a resolution of close to 30 kb per meiosis event on a

2000mutant embryo panel. This resolution allows the positioning of themutant gene

on a sequenced BAC or PAC clones on the genome sequence assemblies. The

following discussions are based on the genome sequence assemblies. The goal is

to identify closer polymorphic markers between the existing or new flanking mar-

kers on the mutant mapping panel. Ideally, the mutant locus is located to a defined

genomic region with high quality sequences from a genomic clone (BAC or PAC)

and a few or single genes are in the interval. Please refer to chromosome walking

protocols in previous editions of this guide when the mutant region is mapped to a

gap or mis-assembled region on the genome sequence assembly.

The characterization of markers between the flanking polymorphic markers is

important. The number of recombinants obtained with each of the flanking markers

(which should be identified on the genome assemblies by sequence BLAT on the

UCSC genome browser) from intermediate-resolution mapping is considered a

guide for estimating the position of the mutated gene. The sequence assemblies

are annotated with a multitude of expressed sequence tags (ESTs), genes, BAC ends,

and genomic sequences in the region, which can he used as markers on the walk

toward the mutated gene. Typically, our laboratory will pick 3–4 known sequences in
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proximity of the estimated gene location and first check if these sequences

contain polymorphic SNPs by direct sequencing in our mapcross. In our expe-

rience, one out of four such sequences is polymorphic in a given mapcross,

especially in non-protein coding regions. If a polymorphism with the chosen

sequences is not found, more sequences can be tested for polymorphism. We

have found that BLAST analysis of the Sanger Institute genome sequence (The

Sanger Institute, 2004a) with sequences in the region will give more extensive

sequence variation information. These sequences can be searched for polymorph-

isms. Introns have a higher rate of polymorphism than 30-UTRs. In addition, CA

repeat regions or contigs are also good for designing primers to find polymorphic

markers. Once new polymorphic markers are identified, the panel of recombi-

nants identified at each of the flanking markers is tested to see if new markers are

closer to mutated sites.
1. Example
Problem: A total of 30 recombinants were identified with the left flanking marker

and 35with the right flankingmarker. If 1500mutant embryos have been collected as

part of the mapping panel, the distance to the mutant gene is estimated to be 2 cM

from the left flankingmarker and 2.3 cM from the right flankingmarker (both are too

far to initiate a walk). Two markers are identified in the estimated region of the

mutated gene. Both are polymorphic. Test the panels of recombinants from either

side with these markers as shown in Fig. 1.

Solution: The mutated gene is situated between marker 1 and 2. The estimated

distance from the closer marker 1 is 0.26 cM. This distance is sufficiently small to

locate the mutant to a BAC, PAC, or sequence assembly scaffold. If the interval is in

low quality or in a gap, a tradition chromosome walk can be initiated and the local

map of the region needs to be established using ESTs and whole genome shotgun

sequences.
[(Fig._1)TD$FIG]

Fig. 1 Mapping of mutant genes.
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E. High-resolution Mapping
We have traditionally collected between 1500 and 2000 mutant embryos in an

effort to clone mutants positionally. In high-resolution mapping, these mutant

embryos, arrayed in a 96-well format, are tested with the flanking markers found

in the low and intermediate stages of mapping. It is critical that every recombination

event is scored in this step, assuming a two-allele system. If a three- or four-allele

system is used for mapping, some recombination events will be missed. Therefore, it

is recommended that the families used for collecting the embryos be chosen accord-

ing to the most useful allele system as well as the correct polymorphic mapping

strain. Furthermore, it is advantageous to limit the number of families used to collect

the mutant embryos. Although collecting embryos from only two or three pairs of

fish may lengthen the time needed to reach the target number of embryos, this step

will simplify allele systems of markers in downstream steps in positional cloning.

We recently moved our high-resolution mapping to the ABI 3730 for quick scanning

through entire mapping panels using the closest flanking SNP markers. We directly

sequence PCR products of a SNP region amplified from genomic DNA samples

isolated from different genetic backgrounds to determine the SNP genotype.

Directly sequencing is also the ultimate way for researchers to confirm point muta-

tions and deletion mutations. KASP SNP genotyping system can also be used here to

narrow the intervals and clone mutants.
F. Three-allele Systems versus Four-allele Systems
Typing mapcross grandparents and parents is essential to evade the ‘‘allele traps’’

encountered by this type of bulk segregant analysis. Once flanking markers have

been found, mapcross grandparents and parents should be tested for the proper allele

segregation. Three-allele systems are quite common in the AB/WIK crosses used in

our laboratory. We often see that the flanking markers do not segregate similarly

between different families. This becomes a problem with the high-resolution scan

that includes individual mutant embryos from all mapcrosses. One of the wild-type

alleles sometimes migrates the same as the mutant alleles in agarose gels, so when a

high-resolution scan is performed, recombinants can be missed because their band-

ing patterns look like ones from a mutant embryo. A simple way to avoid these had-

allele systems is to type all the parents and grandparents before collecting all 1500

embryos and discard families with bad allele systems from themapping panel.While

the low and intermediate stages of mapping are being performed, mutant embryos

can be collected. It is very important to remove crosses that have bad allele migration

from the mapping collection. Four-allele systems can be just as confusing if not fully

investigated before the high-resolution phase. Generally, four alleles can he tracked

with ease. Problems, however, can arise when an AB allele segregates with the

mutant WIK allele. Heterozygotes would he counted as homozygous mutants

because similar allele size of both AB and WIK and not as recombinants. A similar

situation is shown with a three-allele system in Fig. 2.
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Fig. 2 Allele systems in zebrafish.
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G. Collecting Mutant Embryos
With the conclusion of high-resolution mapping, a number of recombinants have

been identified. DNA samples from these recombinants are re-arrayed onto two new

96-well plates to create the recombinant panels from each direction. During this

process, it is advisable to continue collecting mutant embryos from the mapping

strain beyond the initial collection number of 1500–2000 because more embryos
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may be required later in the process. The recombinant panel is now used in the final

stage of a positional cloning project, with the number of recombination events

lessening as the mutation is neared by polymorphic genetic markers.
H. Chromosomal Walking
After having the recombinant panels made from 1500 to 2000 collected mutant

embryo mapping panel and the closest flanking marker (s) within 1 cM distance, a

chromosomal walking can be initiated (Fig. 3). The flanking markers, that are

polymorphic by SSLP or SNP and linked to your mutation, are used to find the next

internal markers between these two flanking markers. Based on a flanking marker

sequence, they can be located on the genome sequence assemblies and a genomic

interval is defined. Typically, marker sequences are derived from scaffold sequences

in this interval. Ends of the sequence assembly scaffold are tested on the mapping

panels and new polymorphism markers are identified. Using these internal poly-

morphic markers, orientation of the walk relative to the mutated gene is established

by studying the recombinant panel. By taking the marker that is closer to the gene,

more known sequences in the new interval are identified and sequenced from both of

their ends. Polymorphism of these ends is tested on the recombinant panel again and

the orientation of the walk is again established. These end sequences are used to

generate new markers. These markers are typed on the mapping panel again, and

therefore, a ‘‘walk’’ towards the mutant gene has been established. When starting a

chromosomalwalk, keep in mind that the narrower the genetic interval, the faster the

positional cloning will go.
[(Fig._3)TD$FIG]

Fig. 3 Chromosome walking. (See color plate.)
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VII. General Flow of Information from the Zebrafish
Genome Sequence Assemblies
The Sanger Institute has released version 9 of the zebrafish genome assembly,

called Zv9. This is the final version assembled by the zebrafish genome sequencing

project, which has reached a maintenance stage. This zebrafish genome sequence

assembly together with human and mouse ones are now in the hands of the Genome

Reference Consortium. Zv9 assembly consists of 1.41 Gbp in 4560 scaffolds. It was

generated starting with 1.18 Gbp from 11,099 BAC clones ordered with SATMAP, a

new high-density meiotic map. The resulting genome sequence was supplemented

with a new whole genome shotgun assembly WGS31, based on a combination of

Illumina and capillary reads from double-haploid Tubingen individuals. The large

contigs presented in the sequence assembly provide an incredibly useful start point to

looking at your interval. Our laboratory traditionally examines flanking markers and

markers that are in the critical genetic interval on the genome assembly and other

genome maps. Very often, we will find that the same contig contains two individual

makers from genome maps in the region. This process establishes that the contig

does in fact represent a sequence between the flanking markers.

The Zon Laboratory has also developed two independent programs, available on

the laboratory Web site, that evaluate the contigs. The first program involves

BLASTing a human gene query to the assembly contigs (Zon Laboratory, 2004a).

This procedure will allow any human gene in an interval to be BLASTed in order to

find a contig that represents that human gene. Using BLAST in this manner is very

useful for examining conserved synteny relationships in zebrafish and human gen-

omes because other genes in the interval may be present. In addition, for our second

program, we are using a reverse BLAST in which we have examined the Sanger

Institute Zv7 and Zv8 assemblies BLASTed to known human proteins (Zon

Laboratory, 2004b). The same can be done between zebrafish and other fish species

such as Japanese pufferfish (Fugu rubripes) and Spotted green pufferfish (Tetraodon

nigrovirdis) genomes as well as between human and other fish genomes. Reverse

BLASTing allows an investigator to see if other genes are present on the contig and

can be used again to identify a synteny. In addition, the Ensembl database at the

Sanger Institute and the UCSC genome browser has gene annotation in individual

contigs, which is a tremendously helpful resource (Sanger Institute, 2004b). We find

that in our laboratory, we need to use both Ensemble and our own databases because

even though the Ensemble database provides genes, theWeb site is difficult to use for

directly finding human proteins. Our Web site compares sequences by a BLAST

statistical number and allows this type of analysis to occur very rapidly by providing

information that is preBLASTed for the entire assembly against the human protein

database. From this information, we can determine if a reliable contig exists within

our critical genetic interval.

Our laboratory studies contigs that are very close to the mutated gene based on

meiotic recombination. We use the assembly sequence, find simple repeats at http://

http://danio.mgh.harvard.edu/markers/ssr.html


304 Yi Zhou and Leonard I. Zon
danio.mgh.harvard.edu/markers/ssr.html of greater than 12 nucleotides, and use

flanking primers in single-stranded length polymorphism (SSLP) analysis to deter-

minewhether linkage is available. This process is much better than looking for SNPs

that are present within the interval (although in important regions or genes, we do use

SNPs especially when SSLPmarkers are not available). By finding simple repeats on

a contig in the region, we can quickly study the critical interval and then genotype

more embryos that will narrow this interval. Candidate genes in contigs can be tested

by rescue assays or by morphilino analysis.
VIII. Synteny between Human, Zebrafish, Fugu, and
Tetraodon Genomes
Japanese pufferfish (Fugu rubripes) genome sequencing project at the

Department of Energy (DOE) Joint Genome Institute Web site and Spotted green

pufferfish (Tetraodon nigroviridis) genome sequencing project at France are won-

derful resources for those involved in positional cloning and comparative genomics

(DOE Joint Genome Institute, 2004; and Genoscope and the Broad Institute of MIT

and Harvard, 2004). The Fugu genome has been shotgun sequenced at a 4� the

genome coverage level. This allows assembly of 10- to100-kb scaffolds of genomic

sequence. The Tetraodon genome was sequenced at 8� coverage with an average

size of supercontig at 7.62 Mb. Because of the relatively small size of the Fugu and

Tetraodon genomes, synteny is extremely helpful for positional cloning in zebrafish.

More recently, Medaka (10.6� genome coverage) and Stickleback (9.0� genome

coverage) genomes have been sequenced and assembled into large genomic regions

(University of Tokyo Genome Browser and Stickleback Genome Project). All these

genome assemblies and automatic comparative genomic analysis are available on

both UCSC and ENSMEBL genome browser sites. We make use of these sites by

first finding a zebrafish genes and EST near a mutant gene. We then look at the

human genome at browser sites set up by the University of California at Santa Cruz

(University of California at Santa Cruz, 2004) and ENSEMBL, and identify human

ortholog of this zebrafish gene. We hope to establish if there is zebrafish and human

synteny. We look at all the adjacent genes in the human and see if there are zebrafish

orthologs.We then use TBLASTN analysis of theFugu and Tetraodon genome using

the predicted peptide sequence of either human or zebrafish genes. Synteny can

usually be found on a scaffold. Each scaffold is nicely annotated on the browser sites

and individual project sites, and the sequences can be downloaded and used for

BLAST analysis.

Alternatively, one can use gene prediction programs, such as BLAST P and

GeneScan. These programs allow investigators to probe the syntenic relationships.

When one clicks on the BLAST P or GeneScan program, individual predicted exons

are revealed at the bottom of the page. Clicking on the exons gives the predicted

homology between Fugu, Tetraodon, and human genomes, and this result can be

http://danio.mgh.harvard.edu/markers/ssr.html
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cross-referenced to the zebrafish. Clicking on the upper bar gives the predicted

peptide of the Fugu and Tetraodon sequences. Using the predicted peptide of the

Fugu and Tetraodon sequences, we use our TBLASTN server and establish if the

Sanger Institute sequence has the zebrafish ortholog of the Fugu and Tetraodon

gene. When putative orthologous genes are not available on the zebrafish genome

assembly, they are mapped using the zebrafish radiation hybrid panels to confirm if

syntenic relationships occur. We have found that for most chromosomal walks,

synteny does exist. These sites are also extremely useful for isolating zebrafish

orthologs of human or Fugu genes. The reader can browse the Zon laboratory’s

comparative genomics data (e.g., for human, zebrafish, andFugu genomes) for more

information (Zon Laboratory, 2004c).

With the newly finished zebrafish genome sequence assembly (Zv9), it has

become easier to conduct comparative genomic analysis using both the UCSC and

Ensembl genome browser. On the UCSC browser page, a user can turn on all

Comparative Genomics tracks, including Fish Chain/Net, Vertebrate Chain/Net

especially Human Proteins track in Genes and Gene Prediction Tracks group, and

Chimp Chain/Net. The Fish Chain/Net track group includes four other sequenced

fish genomes, Fugu,Medaka, Stickleback, and Tetraodon. The Vertebrate Genomes,

Chain and Net Alignments, include human, mouse, and frog, X. tropicalis. It is

helpful to select ‘‘Color track based on chromosome’’ so the chromosomal location

of homologous genes are apparent on the browser page. You will need to click on

individual tracks in group track setting to turn on and off the function ‘‘color track

based on chromosome.’’ Since these homology analyses were done using an auto-

mated workflow, it is important to verify by manual homology examinations as

described above, especially when gene synteny gaps or inserions are observed in a

region. ENSEMBL genome browser offers similar pre-calculated analysis but it

tends to work slower in USA. It is helpful to check both browser sites for confirma-

tion of observed gene synteny.

A number of sites have been created to help with positional cloning. These sites

are listed on the ZFIN database at The ZebrafishModel OrganismDatabaseWeb site

(ZFIN, 2004). We have provided ZFIN with a short description of each of the Web

sites.

In a positional cloning project, we find a close polymorphic marker after the high

resolution map, and we proceed to evaluate the fingerprinted BAC contigs and

available end sequences of BACs in contigs. We then derive markers from those

end sequences and determine where on the chromosomal walk the markers may lie

relative to the mutant gene. This process will be used increasingly in the future as

chromosomal walking by hybridizations will only become necessary if mutants are

mapped to a gap or less known region on genome sequence assemblies.

The Genome Reference Consortium is willing to extend contigs for individual

projects. An interested individual can simply contact zfish-help@sanger.ac.uk and

provide information regarding a chromosomal walk. The assembly team can lower

the stringency of the FPC software and thereby extend walks over many more

contigs. The fingerprinting software is very specific for matches of Hind III

mailto:zfish-help@sanger.ac.uk
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fragments. By relaxing the stringency (where not all Hind III fragments must match),

one can extend contigs, but one can also encounter less certainty that the contigs are

truly forming a physical linear assembly. Nevertheless, genetic or genomic locations

of these BACs within these regions can be confirmed by mappings of markers

derived from these BACs on themutantmapping panel or on the RHmapping panels.
IX. Proving a Candidate Gene is Responsible
for the Mutant Phenotype
What is termed the rescue of the mutant phenotype is the gold standard for

confirming that a candidate gene is responsible for the mutant phenotype. One

can demonstrate that the wild-type gene can rescue the genetic defect (assuming

that the defect has compromised the function of the gene rather than generated a

gain-of-function mutation). To do this, both wild-type and mutant cDNAs should be

subcloned into a vector that is suitable for the synthesis of capped mRNA (i.e., an

RNA polymerase site at the 50-end of the cDNA, a stable 30-untranslated region

containing a polyadenylation signal, and unique restriction enzyme sites for linear-

ization of the plasmid). Commonly used vectors include pCS2+, pSP64T, and pXT7.

Both wild-type and mutant cDNA plasmids should be used to generate an in vitro

translated protein (i.e., 35S-met labeled), which can be resolved on acrylamide

minigels and detected by autoradiography. This assay provides an assessment of

protein size, stability, and translational efficacy of the wild-type and mutant

constructs.

‘‘Run-off’’ synthetic mRNA transcripts can be generated from the linearized

template using commercially available kits, purified, and then resuspended in either

RNase-free distilled water or 1� Danieau’s solution (typically at a stock concentra-

tion of 1–3 mg/mL). Diluted mRNA (typically 5–500 pg/mL, depending on the

potency and toxicity of the encoded protein) is then injected into 1–4-cell stage

embryos produced by parents carrying the mutation. Amelioration of the phenotype

(either by morphology or biochemical assay) is then assessed at the appropriate

developmental stage. Generally, the later the onset of the mutant phenotype, the

more difficult it is to rescue, owing to the instability of the injected mRNA and

protein during development. Thus, it is unreasonable to expect every mutant embryo

to be rescued. In addition, many proteins, particularly transcriptional regulators

when over-expressed early, can have severe effects on early embryonic patterning

events, thereby making it impossible to rescue later developmental pathways.

Injection of mRNA synthesized from the mutant cDNA plasmid permits an assess-

ment of the severity of the mutation [i.e., no rescue (or morphological effect on

development) would suggest a complete loss of function, whereas partial rescuemay

indicate a hypomorphic mutation].

As alternatives, wild-type and mutant cDNA constructs can be used to generate

expression plasmid construct driven under powerful ubiquitous promoters and



16. The Zon Laboratory Guide to Positional Cloning in Zebrafish 307
contain fluorescent protein tags, such asb-actin and CMVpromoters, and tissue/cell

specific promoters if the cell and tissue types and timing of the promoter activation

are known. The constructs need to be fully sequenced to make sure there are no

critical mutations in the sequence especially if cDNA constructs are from a PCR

reaction. The plasmid constructs are then injected into mutant embryos at one-cell

stage and scored for transient rescue. If necessary, stable transgenic fish may need to

be raised and analyze rescue.

Genomic clones are sequenced and provide abundant coverage of genomic

regions of protein coding genes. It is now possible to modify large genomic clones

(containing native cis-regulatory elements) to include color fluorescent protein tags.

Tagged and untagged genomic clones can be injected into fertilized eggs and score

for mutant phenotype rescue. Again, stable lines may need to be raise to observe the

rescue. Fluorescent tagged transgenics are much easier to select for stable lines. In

large genomic transgenics, native gene expression timing and pattern can be pre-

served and result in better rescue. On the other hand, the gene expression level and

timing may be influenced by the genomic environment of an integration site, RNA

in situ hybridization analysis may be needed to make sure proper expression of a

transgenic construct before evaluation of rescue results.
X. Morpholinos
To evaluate candidate genes, one morpholino is used against its ATG region to

prevent translation, and another morpholino is designed against a splice site.

Typically, we use the splice donor because this seems to create aberrant splicing.

An RT-PCR analysis of the target mRNA products can be extremely useful in

showing that there is no normal splice form or a small percentage of normal splice

product in morpholino injected embryos. Correlation between absence or reduction

of normal mRNA splicing products and mutant phenotype provides a proof that the

candidate gene is the mutated gene in the genetic mutant.
XI. Future Technologies

A. Region-specific Sequence Capture
The high quality genome sequence assembly and the second generation sequenc-

ing technologies have offered new approaches in mapping and cloning of genetic

mutants. After the initial mapping of mutant to a fine region, for example, about

100 kb region, one can design allele specific oligonucleotides to capture the muta-

tion containing region and corresponding wild-type region from mutant and wild-

type genomes. The captured DNA fragments can be make into sequencing libraries

that are specific for different second generation sequencing platforms and sequenced

at many times coverage. These short read sequences were then assembled and
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compared between the mutant and wild-type genome. The point mutation, deletions,

and insertion can be identified. The detected sequence changes can then be con-

firmed by the Sanger sequencing of the mutated sequences. A couple labs have

worked with Generation Biotech at http://www.generationbiotech.com/

(Gupta et al., 2010; Zon lab, unpublished). Currently, this platform is still very

project specific and no general experimental protocols have been developed yet.
B. Exome-capture and Next Generation Sequencing (NGS)
Alternatively, all exons (exome), known and predicted, based on genome assembly

can be captured using SureSelect from Agilent and Sequence Capture Arrays or

SeqCap libraries from NimbleGen, Roche. NGS sequencing platforms are then used

to sequence all known exons in one sequencing run. Sequence changes in any exons

can be quickly detected without going through traditional mapping and cloning

process. The obvious limit of this approach is that non-exon mutations cannot be

discovered by these approaches.
C. Whole Genome Sequencing by NGS
Attempts have been made to directly sequence genomes of mutants and wild-type

siblings and look for SNPs that co-segregate with mutant phenotypes at 100% ratio.

There is no doubt that linkages will be established and mutants be mapped to

chromosomes. However, because of limited recombination events (mutant and

wild-type genomes) examined, the mutation region may be defined to a large

genomic interval. It will be exciting to see if the high-throughput sequencing can

significantly reduce the amount of time and effort required for cloning mutants.

These new approaches are powerful but can be expensive at current market

pricing. The workflow has not been tested sufficiently. More importantly, this

approach requires significant amount of bioinformatic support, at least at the begin-

ning phase, to analyze obtained sequences for making SNP calls. SNP genotyping

methods described earlier in this chapter are useful for genotyping a large number of

individual fish and confirm causal sequence changes in mutant genomes.
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