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Preface

Readers of this book are aware that the theory of the Raman effect has been known
for over 80 years, though routine Raman spectroscopy experiments were performed
only after almost another half century of technological development. Since then,
the analytical potential of this specific light-scattering effect has been explored for
decades and resulted in a wealth of scientific publications. It took another major step
in technical development toward the end of the second millennium that allowed the
three-dimensional chemometric characterization of materials with high sensitivity
and diffraction-limited resolution by combining confocal microscopy and Raman
spectroscopy. With the inception of the resulting high-resolution confocal Raman
microscopy as a novel analytical technique, new realms for the application of this
method were defined and new research goals formulated. This has resulted in an
expanding pool of experience and expertise.

The motivation to compile this book largely emerged from the observation
that among the substantial portfolio of excellent publications of monographs on
Raman spectroscopy, there are few dedicated to confocal Raman microscopy or
even high-resolution confocal Raman imaging. Encouraged additionally by conver-
sation and discussion with experts in the field of confocal Raman microscopy, we
realized the demand for a reference work that condenses background information
on physical, technical, hardware, and software aspects that serve as prerequisites for
high-end analytical microscopy equipment. Equally important are comprehensive
data evaluation methods to further and foster data processing, permitting advance-
ment of research by simply providing tools to obtain novel results and make new
discoveries.

The goal of this book therefore is to provide the best possible overview of the the-
oretical and practical facts and issues associated with confocal Raman microscopy.
With the incorporation of over a dozen contributions from expert scientists and
research groups spanning a wide range of applications in academic research as well
as industry-driven research and development, this first edition of “‘confocal Raman
microscopy” provides a comprehensive frame of reference for anyone involved in
research employing confocal Raman microscopy. Aiming to keep pace with techno-
logical advancement, it is our intention to keep this book as up-to-date as possible
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in order to provide our readership with the current state of the art in confocal Raman
microscopy. We therefore welcome any constructive comments or suggestions for
all future editions.

Ulm, Germany Thomas Dieing
May 2010 Olaf Hollricher
Jan Toporski
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Chapter 1
High-Resolution Optical and Confocal
Microscopy

Olaf Hollricher and Wolfram Ibach

Abstract In this chapter, the theory of optical image formation in an optical
microscope is described, and the difference between conventional and confocal
microscopy is explained. The selection of the appropriate pinhole diameter is dis-
cussed in detail, as the pinhole diameter is crucial in obtaining the highest depth
resolution as well as optimizing collection efficiency, because the Raman signal is
typically very weak.

1.1 Introduction

More than 2000 years ago, Seneca! described the magnifying properties of water-
filled glass spheres. Since that time, many researchers have known that all convex
lenses can be used to magnify objects, but it took more than a millennium until
further improvements led to the combination of several lenses to form an optical
microscope. It is often said that Dutch spectacle maker Hans Janssen and his son
Zacharias® were the first to develop the optical microscope by combining several
lenses to form an optical microscope. It could, however, also have been the Dutch-
German lens maker Hans Lippershey> or even Galileo Galilei.* Galileo combined a
convex and a concave lens for his microscopes in 1609. Christiaan Huygens,” also a
Dutch scientist, developed the first achromatic objective in the late 17th century by
combining two lenses of different kinds of glass, which was a big step forward.

Up to the 19th century, progress in quality and resolution was slow because
microscopes were built using experience and trial and error, not using scientific
knowledge.

! Lucius Annaeus Seneca the younger (* around 4 BC, 1 65 AD).
2 Zacharias Janssen (% around 1588, f around 1631).

3 Hans Lippershey (x around 1570, { September 1619).

4 Galileo Galilei (* 15.02.1564, T 08.01.1642).

5 Christiaan Huygens (x 14.04.1629, 1 08.07.1695).
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Around 1873, Ernst Abbe.°® Prof. of Physics in Jena, Germany, developed his
theory of optical image formation which was the basis of understanding the physics
behind the optical microscope. His combined work with Carl Zeiss,” who was a
precision mechanic and Otto Schott,® who had a PhD in chemistry and used his
knowledge to develop glass with different optical properties, led to the develop-
ment of the diffraction-limited optical microscope as it is known today. The res-
olution of the optical microscope remained nearly constant since the advent of
Abbe’s diffraction theory and is still about half of the wavelength of the excitation
light.

During the 20th century, many new imaging techniques were introduced, such
as fluorescence microscopy, interference microscopy, phase contrast, and dark-field
illumination which made the optical microscope a powerful analytical tool, but the
most important development of recent years is the confocal microscope.’

The principle underlying confocal imaging was patented by Marvin Minsky in
1957 (US patent 3013467), but it was not until the late 1980s that it became a stan-
dard technique. In confocal microscopy, a point-like light source (typically a laser)
is focused onto the sample and the image of this spot is detected through a small
pinhole in front of the detector. As the pinhole is located in the image plane of the
microscope, the pinhole is confocal with the illuminating spot.

An image of the sample can only be obtained by either scanning the sample or
the excitation spot point by point and line by line. This makes a confocal microscope
much more complex than a conventional microscope, but the additional complexity
is far outweighed by the advantage of having the detected light restricted to a small
area around the focal point. Therefore, scattered light from above or below the focal
point does not contribute to the image.

Although an increase in lateral resolution of a factor of ~1.4 (+v/2) can be
achieved by convolution of the excitation spot with the pinhole aperture, this res-
olution enhancement can only be achieved at a high price: the pinhole must be so
small that 95% of the light is lost. The main advantage of confocal microscopy as
compared to conventional microscopy is therefore the depth resolution and the much
higher image contrast due to stray light suppression.

This chapter provides an introduction to the theory of confocal image formation.

The first section describes the theory of image formation in an optical microscope
and the differences between conventional and confocal microscopy are explained.
The next section describes the choice of the appropriate pinhole diameter, suitable
for highest depth and lateral resolution. Factors that need to be taken into account in
order to achieve optimum results will also be explained.

6 Ernst Karl Abbe (s 23.1.1840, + 14.1.1905).
7 Carl Zeiss ( 11.9.1816, + 3.12.1888).
8 Otto Schott (x 17.12.1851, ¥ 27.8.1935).

9 “Confocal” from “konfokal”: (lat.) with equal focal points.
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1.2 Introduction to Theoretical Considerations
in High-Resolution Microscopy

All confocal imaging techniques, for example, confocal Raman microscopy or
confocal two-photon microscopy are based on a point-to-point image formation.
A detailed overview of these methods can be found in [1].

In this section, a theoretical background for this technique will be provided. The
electromagnetic field distribution in the focus of an objective will be calculated,
which is the starting point for the mathematical description of image formation.
Furthermore, the fundamental difference between confocal microscopy and confo-
cal Raman microscopy with its range of excitation possibilities will be discussed.

1.3 Introduction to Confocal Microscopy

In confocal microscopy, a point-like light source is focused with a lens or an objec-
tive onto a sample. The spatial extension of the focus spot on the sample is deter-
mined by the wavelength A and the quality of the image formation. The image spot
is then focused through the same (or a second) lens onto an aperture (pinhole) in
front of a detector. The size of the pinhole is chosen so that only the central part of
the focus can pass through the pinhole and reach the detector.

pinhole

N A7 (detector)

point-like
light source

beam-
splitter

objective

focal plane
— e F€ference plane

Fig. 1.1 Principal setup of a confocal microscope
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One can see in Fig. 1.1 that rays that do not come from the focal plane will not
be able to pass through the pinhole. From this simple geometric representation, two
advantages of confocal microscopy can already be seen. First, through scanning of
the sample with respect to the objective, a 3D image of the sample can be obtained.
This is not possible in conventional microscopy. Second, only light from the focal
plane will hit the detector. Therefore, image contrast is strongly enhanced.

Additionally, by choosing an appropriate pinhole diameter, the lateral resolution
can be increased by up to a factor of /2.

1.4 Electromagnetic Scattering in Optical Systems

In this section, the basic principles necessary for calculating the field distribution in
the focus are provided. A detailed discussion can be found in the articles of Wolf
[2, 3]. Figure 1.2 shows the geometry used to illustrate this.

Sp is the origin of a monochromatic wave with frequency w and S its image
obtained with geometric ray optics. The field distribution in the focus is described
in the Cartesian coordinate system with origin in Sj. Starting point is the Helmholtz
equation

AE+KE=0
which describes the space-dependent component of the electrical field:
EP, 1) = fepye]

In general, the Helmholtz equation can be satisfied by

oo o0
e@ﬁi//JW”Wﬂm%wwmuwm%maMﬂmA% (1.1)

—00—00

e

lens aperture stop

Fig. 1.2 Imaging geometry
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where s, is given by the condition s, + sy2 +5.2=1.
U(sy,sy) and V (s, sy) are arbitrary functions that have to fulfill the Kirchhoff
boundary conditions. For the magnetic field

H(P,t) =N {h(p)e—iwz}

similar expressions can be found.

As described in [2], an approximate solution for the electrical field in the plane
of the aperture can be found with the method of stationary phase. This leads to two
general solutions:

ik , ; ,
e(P) = —21_7[ // a(si;—sy)elk{q)(“’Sv“)+s)‘x+sy}+Szz}dsxdsy (1.2)
& Z
ik b(sy, - S sease Yot
h(P) = —21_7[ // @elk{d)(u,sy)+sxx+Ayy+Azz}dsxdsy (1.3)
z
Q

Here, the functions a(sy, sy), b(sy, sy), and ® (s, sy) take the part of U (sy, sy)
and V (sx, sy). These two functions have the following meaning.

The abberration function ®(sy, sy) is a measure of how strongly the real wave
front W deviates from the ideal spherical wave front o. The factor a(s,, s,) deter-
mines the amplitude of the field. In the geometrical optic, this is the intensity of
the light beam. Along every beam a(sy, sy) is independent of the position of the
aperture.

All three numbers a, b, and ® can be determined by ray-tracing algorithms.

Equations (1.2) and (1.3) represent the addition of planar waves inside the aper-
ture. In contrast, using the Huygens — Fresnel principle one would add spherical
waves.

1.5 3D-Intensity Distribution in the Focus

In the literature one can find two different descriptions for the field distribution
in the focus. One describes the electrical field as a scalar and is correct only for
small aperture angles. The vector description from Richards and Wolf [4] is more
appropriate for the nature of light. Here, the field distribution is a function of the
aperture angle o and therefore can also be applied to systems with large aperture
angles.

If one compares small and large aperture angles one sees that the electrical energy
density in the focal plane is no longer radially symmetric, but depends on the origi-
nal polarization direction. Additionally, the energy density in the secondary maxima
and minima gets larger.
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1.5.1 Large Aperture Angles

For an abberration-free system (® (s, sy) = 0), a system without wave front errors,
all components of the electrical field in the focus can be derived from (1.2) and
(1.3). To simplify the calculation the point Sy (Fig. 1.2) is shifted to infinity. This
point is the origin of an electrical field which is polarized in x-direction (¢p = 0).
Therefore, the image of Sy lies exactly in the focal plane of the lens S;. A change of
the transmission of the lens due to its surface curvature, which could be calculated
with the Fresnel formulas is neglected. Therefore, the surface curvature of the lens
must be sufficiently small.

Because of the symmetry of the system, it is appropriate to change to spherical
coordinates:

X = rp sin 6p cos ¢p, y = rp sinfp sin ¢p, z = rpcos bp

The origin of the coordinate system is the geometrical focus point S;. We also
change to so-called optical coordinates

u = krpcosfpsin?a = kzsin?a } (1.4)

v =krpsinfpsinae = ky/x2+ yZsina
with

k= ZT” : absolute value of the wave vector
0° < o < 90° : half of the aperture angle

to eliminate the wavelength dependence. With these coordinates, the spatially
dependent components of the electrical and magnetic fields can be written as

ex(u,v) = —iA(ly + I cos 2¢p)
ey(u,v) = —iAl sin2¢p (1.5)
e;(u,v) = —2AI cos ¢p

hy(u,v) = —iAl, sin 2¢p
hy(u, v) = —iA(ly — I> cos 2¢p) (1.6)
h (u,v) = —2AI sin ¢p

Herein, Iy, 11, and I, are defined over the integrals

Io(u, v) = fcosz A sinf(1 + cos ) Jy (”““0) gl cos0/sin’ o g

sin o

I, v) = fcoszesm 0J; (v*m@)elmw/smzade (1.7)

s o

L(u,v) = fcos2 Osinf(1 —cosh)Jr (”‘me) gl cos0/sin’ o g

sin o
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The parameter A = = == is a constant containing the focal length f of the
lens and the amplitude /y of the incoming light. The symbol J,, stands for the Bessel
function of order n.

With these equations it is possible to calculate all properties that are important for
microscopy. The electrical, magnetic, and total energy distribution have the forms

kfl() _ T lo
A

2

(we(u, v, ¢p)) = o= {[o|* + 4| 11* cos® ¢p + | Io|* + 2 cos 2¢pM (Lo [,*) }
2 .

(Wi (u, v, p)) = {= {[Ho|* + 4111 * sin® ¢p + | Lo |* — 2 cos 2¢pN (Jo 12 ™)}

(i, v, ¢p)) = & {11 + 2162 + | 1) .
(1.8)

As expected, the total energy density is independent of the angle ¢p. Not as obvi-
ous from the equations, but given by the symmetry of the arrangement is that the
electrical energy distribution becomes the magnetic energy distribution when turned
by 90°.

Also interesting is the Poynting!? vector S that describes the energy flux density
of the electromagnetic field in the propagation direction. Its time average can be
calculated with the equations

(Se) = 42 cos gpS {11 (1" — Ip"))
(Sy) = % sin gpS {11 (1* — Io*)) (1.9)

(S.) = L2112 — |17}

— B8r

For the case of the electrical energy density (1.8) we will discuss what happens to
the field distribution with increasing aperture angle. In Fig. 1.3 the electrical energy
density is shown in the focal plane (1 = 0) for different aperture angles « as a
function of the optical coordinate v. The case o« = (0° corresponds to the case of
Sect. 1.5.2, the transition to small aperture angles. For « = 90° the light comes
from the complete half space. A cut through the center of the profile, as well as a
10-fold magnification is shown above and to the right of each graphic. The initial
polarization of the electrical field is horizontal.

In Fig. 1.3 one can see that the electrical energy density drastically changes with
increasing aperture angle. The width of the field distribution as a measure of the
optical resolution becomes strongly anisotropic. In the cut through the center, paral-
lel to the direction of polarization, one can see even for small aperture angles that the
minima do not return to zero. The side maxima get larger with increasing aperture
angle and reach a relative height of 4.3 % for o« = 90°. This is more than twice the
value at o = 0° (1.8 %).

10 The Poynting vector was defined by John Henry Poynting.
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. A"j /\\,\ e /\\A .

10+

a=75° x0 a=90°

o
i

|| mx

-10 -5 0 5 10

Fig. 1.3 Electrical energy density we(u, v, ¢p) in the focal plane (v = 0) for different aperture
angles « as a function of v. The initial polarization of the electrical field is horizontal (¢p = 0).
The contour lines show the heights 0.002, 0.005, 0.01, 0.02, 0.05, 0.1, 0.3, 0.5, 0.7, and 0.9. A cut
through the center of the profile and a 10-fold magnification are shown above and to the right of
each graphic
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i a=60°
o8 00

a

oo

R
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5 10

Fig. 1.4 A cut through the electrical energy density we (u, v, ¢p) for « = 60°. The optical coordi-
nate u is plotted vertical, while the optical coordinate v is plotted horizontal. In the left image, the
polarization of the electrical field is horizontal (in the image plane), while in the right image it is
pointing out of the image plane. The contour lines show the heights 0.002, 0.005, 0.01, 0.02, 0.05,
0.1,0.3,0.5,0.7, and 0.9

Figure 1.4 shows the field distribution in the axial direction. The figure shows
a cut through the electrical field distribution we vertical to the focal plane. The
position of the focusing lens would be above (or below) the figure. In the left image,
the polarization of the electrical field is horizontal (in the image plane), while in the
right image it is pointing out of the image plane.

Again one can see that the electrical energy distribution is highly anisotropic.
Even in the axial direction the minima do not return to zero.

1.5.2 Transition to Small Aperture Angles

The theory in the last paragraph is appropriate to describe vector properties of light,
but it is too complicated for a simple understanding. If one permits only small aper-
ture angles /1 and I, can be set zero, because for small x the relation J,,(x) ~ x" is
fulfilled. Equations (1.5) and (1.6) simplify to

ex =hy = —iAly
ey=e;,=hy=h; =0

The initial polarization is preserved for small aperture angles. /y can be written
so that the integral becomes independent of «

To(u, v) = a2ea h(u, v)

! T (1.10)
h(u,v) =2[pJo(pv)e2™ " dp
0
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The function i (u, v) is called the 3D point spread function (PSF). It is nor-
malized, so that #(0,0) = 1. The PSF can be interpreted as a Greens function
that describes the image of an infinitely small point. The approximation of small
aperture angles simplifies the theoretical calculation, but is unfortunately coupled
with a strong restriction. As a comparison, Fig. 1.5 shows the full width at half
maximum (FWHM) of the electrical energy density at u = 0 as a function of
the aperture angle. The dashed line corresponds to the theory for small aperture
angles, whereas the solid lines represent the correct theory for a cut parallel and
vertical to the polarization direction. The width of the total energy density w (1.8)
is shown as a dotted line. The total energy density w is better suitable for a compar-
ison, because w is radially symmetric, as is the field distribution for small aperture
angles.

As expected, all curves are equal for small aperture angles. With increasing o the
difference between the curves becomes greater and greater. At an aperture angle of
only o = 40° the deviation between the curves is larger than 4%.

Oil- and water-immersion objectives cannot be adequately described by this the-
ory, because their aperture angle is typically between 55° and 70°. For this case, the
deviation of the FWHM is more than 10%.

In Fig. 1.5 one can also see that an increase in the aperture angle above 70° results
in only a very small increase in resolution. A technical realization above this angle
is therefore of little use.

2,0
15F
P parallel to polarization
=
= 10
i
051 perpendicular to polarization 0 —————— T
O D i L i L i L i L i L i 1 i L i L i
"o 10 20 30 40 50 60 70 80 90

apertur angle o

Fig. 1.5 Full width at half maximum (FWHM) of the field distribution in the focal plane; solid
lines, electrical energy density; dotted lines, total energy density; and dashed lines, electrical or
total energy density for small aperture angles
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1.6 Theory of Image Formation

One of the most important properties of a confocal system is the point spread func-
tion (PSF), which is mainly determined by the microscope objective. This can be the
electrical, magnetic, or total energy density in the focus. If a sample system couples
only to the x-component of the electric field, the PSF of the excitation would only
contain this component. The PSF of the detection can be different. This depends
on the emitted light itself and on the properties of the detector. Of course it would
be better if one could measure the PSF for every application. In this case, a decon-
volution of the image would be possible without additional assumptions. In [5] a
simple interferometric measurement setup is described that makes the measurement
of the PSF possible. As a result, one not only finds the amplitude of the function
h(u, v) but also the phase. The phase is especially important for a coherent image
formation.

In the following paragraphs, /1 stands for the PSF of the excitation and h; for
the PSF of the detection. For simplification, both functions should be only scalar
values. The modification of the light due to the sample can also be described by
the scalar function 7 (x, y, z). In general, t is a complex function that influences the
amplitude and phase of the electromagnetic field.

1.6.1 Microscope

The formation of the image in a microscope with point-like excitation and a large
detector is far more complicated than the image formation in a confocal system (with
a point-like detector). The reason is that the image formation is partially coherent.
Both extremes can be mathematically described as follows:

I =|h |2 ® |r|2 incoherent image formation (1.11)

I=1h® r|2 coherent image formation (1.12)

The difference between both cases is that for an incoherent image formation the
intensities and for the coherent image formation the amplitudes have to be added.
This difference can be illustrated with the following example. Consider the image
formation of two points separated by the distance of the Rayleigh limit.!!

For the incoherent image formation, the two points are easily resolved (mini-
mum). In the case of the coherent image formation, both points can no longer be
separated (see Fig. 1.6).

1 The Rayleigh criterion says that two points can be optically resolved if one point sits in the first
minimum of the PSF of the second point.
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L
-10

Fig. 1.6 Intensity distribution of two points that fulfill the Rayleigh criterion: /eft, incoherent image
formation after (1.11); right, coherent image formation after (1.12)

The imaging quality of the detection described by function 45 is not important
here.

1.6.2 Confocal Microscope

Due to the point-like excitation and detection, the image formation in a confocal
microscope must be described as coherent. This can be illustrated using the follow-
ing equation after [6]:

I =|(hh) @] (1.13)

The product hege = hihy is called the effective PSF of the optical system. If one
inserts the delta function §(x) for 7, one gets the intensity point spread function.
This function is plotted in Fig. 1.7 for a conventional and a confocal microscope.
The FWHM differs roughly by a factor of v/2.

1.6.3 Confocal Raman Microscope

The image formation of a confocal Raman microscope is strongly different from the
case in Sect. 1.6.2. This is due to the nature of Raman scattering.

The Raman scattering is proportional to the excitation intensity |4|> and the
Raman generation f(x, y, z). The resulting equation for the intensity distribution of
the resulting image in a confocal Raman microscope is therefore [7]

I =|heil* ® f (1.14)

with

=
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~
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ook T conventional
' 7N — confocal

. . ) . 21\ 2,0 \*
Fig. 1.7 Comparison of the intensity PSFs: Iconventional = (T) s Leonfocal = (7>

v

The optical coordinates u and v refer to the wavelength A; of the excitation light.
This theory is not completely correct, because the wavelength of the Raman light has
a certain frequency distribution and not only a single wavelength A;. In principle,
one must integrate over all Raman wavelengths. If the Raman wavelength is mostly
distributed around a certain wavelength A, the error will be small if one replaces A
with A,. A complete Raman spectrum is very complicated and for an exact solution
the complete spectrum has to be taken into account.

1.7 Image Formation for Light Scattering

In the following two sections, the resolution of a confocal microscope as a function
of pinhole size will be discussed. Since the achievable resolution strongly depends
on the sample properties, these statements cannot be taken as valid in general but
are true only under ideal conditions. For all calculations, the point spread function
h(u, v) (1.10) was used.

1.7.1 Scattering Point

In the following, we consider the scenario of Fig. 1.8 in which a scattering point is
scanned laterally across the excitation focus.

Up to now, all calculations have been performed for an infinitesimally small point
detector. Now we replace this point detector with a real 2D detector of radius vp.
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Fig. 1.8 Confocal setup for a Vo
scattering point pinhole
I I

excitation beam-

splitter
objective

scattering
point
—>

This is the reason why the PSF /5 in (1.15) has to be convolved with the detector
function D to obtain the effective PSF for the detection.

Since we consider only a single scattering point in the object space, the con-
volution with the object itself is not necessary. After [§] we obtain the intensity
distribution through

I =hi*(|h2]* ® D) (1.15)
The FWHM of I(u = 0, v) is plotted in Fig. 1.9 as a function of the detector

radius vp. As can be seen, the detector radius should be below vp = 0.5 for highest
resolution. If the detector radius is larger than approximately vp = 4, the resolution

32

FUHM

24

Fig. 1.9 Lateral resolution of . i : i
a scattering point as a o & # 8 5 10
function of detector size vp b
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will be the same as for conventional microscopy. Even in this case, stray light sup-
pression remains as an advantage over conventional microscopy.

1.7.2 Reflection at a Mirror

The quality of the image can be easily checked by acquiring the signal while a mirror
is scanned axially through the focus (Fig. 1.10).

Since the entire mirror plane reflects the light, the following integral [8] must be
calculated:

Vp
Iptane () = /|h(2u, v)|Pvdv (1.16)
0

From Fig. 1.11 one can see that there is no loss in depth resolution up to a detec-
tor radius of vp = 2.5. If the detector radius gets larger than vp = 3.5 the depth
resolution decreases linearly with increasing detector radius.

The depth resolution of a reflecting point shows a different behavior. For small
detector radii, the resolution is worse than for a reflecting layer, but for larger radii
the width becomes nearly constant. At v, = 10, the depth resolution is no better
than for a conventional microscope with point-like excitation, but if a homogeneous
layer is investigated, no axial resolution is possible with a conventional microscope.

Since no lens abberrations are taken into account, (1.16) is symmetric to u = 0.
In reality, the distribution usually looks different. There will be drastic deviations

pinhole
I
excitation beam-
splitter
objective
scattering
Fig. 1.10 Confocal setup for point
reflection at a mirror surface
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Fig. 1.11 Comparison of the
depth resolution for a point
and a reflecting layer as a
function of detector size vp

if the setup is not optimized for the objective or the cover glass correction is not
considered. An incorrect pinhole position is also immediately visible.

1.8 Image Formation for Raman Scattering

As discussed in Sect. 1.6.3, the image formation for Raman emissions is very differ-
ent from the case of a scattering object. As an example, the resolution for a Raman
emitting point and a Raman emitting layer will be calculated analogue to the last
section.

1.8.1 Raman Emitting Point

Equation (1.14) is the basis for the curves shown in Fig. 1.12. vp is the detector
radius.

3.4 T T T T T T T T T

3.2

3.0

2.8

FWHM

26

24

Fig. 1.12 Lateral resolution
for a Raman emitting point as
a function of detector size vp 0 1 2 3 4 5 6 7 8 9 10
for different S Ve
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The Raman emission wavelength is usually shifted by a certain factor relative to
the excitation wavelength. This is taken into account by the parameter 8, which is
the ratio between the Raman and excitation wavelengths. For B = 1 the resolution
is the same as for a scattering point. With increasing shift of the Raman wavelength,
the resolution decreases. If a small loss in resolution is accepted, one sees that the
pinhole size should not be adjusted to the excitation, but to the Raman wavelength.
If the wavelength shift is large, one should use a larger pinhole in order to avoid an
unnecessary loss in signal.

For large pinhole sizes, all curves converge. Here again the case of a conventional
microscope with point-like excitation is approached. In this case, the resolution is
determined only by the excitation wavelength.

For 532 nm excitation, § is between 1 and 1.25, while for 785 nm excitation 8
can be as high as 1.4 (at 3600 rel. cm™ ).

1.8.2 Raman Emission of a Layer

The axial resolution at a Raman emitting layer differs strongly from the resolution at
a reflecting surface. The reason is not mainly due to the wavelength shift but rather
due to the incoherent image formation.

To calculate the axial point spread function Icr(«) of a Raman emitting layer in
a confocal microscope, one must integrate over the intensity point spread function
I(u, v, B) (after [9]):

e¢]

Icp(u) = /I(u, v, Bvdv

0

The best depth resolution achievable at a reflecting surface was u = 5.6, whereas the
best depth resolution for a Raman emitting layer without a wavelength shift is only

©
T
n
o
1

Fig. 1.13 Depth resolution at
a Raman emitting layer for \ \ ) ) . . .
different B as a function of 0 ! 2 8 4 5 6 7 8
detector size vp Ve
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u = 8.5 (Figs. 1.11 and 1.13). This becomes even worse with increasing wavelength
shift 8. Again, the detector size can be up to vp = 2.5 without a loss in resolution.

1.9 Pinhole Size

Confocal microscopes typically have two output ports where one output port is
equipped with an adjustable fiber coupler for multi-mode fibers or an adjustable
pinhole. The core of the multi-mode fiber acts as a pinhole for confocal microscopy
in the first case. The system needs to allow for lateral adjustment of the fiber so that
maximum collection efficiency can be achieved.

The fiber additionally needs to be protected against mechanical strain and
shielded from room light. With the fiber it is simple to direct the light to any detector,
e.g., a PMT or a spectrometer.

The lateral position of the pinhole must be adjusted with micrometer precision
(typical pinhole size 10-100 pum) while the focus position is not very critical.

If AG is the object size and M the magnification of the objective, then the lateral
image size is given by AB = AG - M. But what about the axial magnification?
From the image equation for thin lenses one gets the relation

|Ab| ~ |AgIM?
Ab <b : image distance (1.17)
Ag K g : object distance

Without the diffraction limit, an object of an axial extension of 200 nm would have
a length of 2mm in the image space at a magnification of M = 100. Since the
magnification M is quadratic in (1.17), the depth of focus is very high and the axial
position of the pinhole is not critical.

The choice of the pinhole size is very important in Raman experiments. On one
hand the signal should be as high as possible, while on the other hand the image
should be confocal.

The size of the pinhole, in optical coordinates, should not exceed vp,, = 2.5 to
avoid a loss in z-resolution. To obtain the highest lateral resolution, the pinhole size
should be below vp,, = 0.5.

In practice, the pinhole size can be up to vp,,,, = 4 without significantly changing
depth resolution and up to vp,,. = 2 without significantly changing lateral resolu-
tion. As shown in Sect. 1.7.1, for vp, > 4, only the resolution of a conventional
microscope remains.

For the experiment, the relation

M mdy
= >
NA ~ vp A

must be fulfilled, where M is the magnification, dy the diameter of the pinhole, and
N A the numerical aperture of the objective. The left side of this equation is defined
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by the objective and the beam path. In Table 1.1, the parameter % is calculated for
several typical objectives.

Table 1.1 M /N A for different objectives
Objective  10/0.25 20/0.4 40/0.6  60/0.8 100/0.9 100/1.25 100/1.4
M/NA 53 50 67 75 111 80 71

The right side of (1.9) is defined by the wavelength and the pinhole size itself
(Table 1.2).

Table 1.2 % for typical wavelengths and pinhole sizes
Wavelength (nm) 440 488 532 633 785

do =10 pm 29 26 24 20 16
do =25um 71 64 59 50 40
do =50 pm 142 129 118 99 80
do = 100 pm 286 258 236 199 160
do =200 pm 571 515 472 397 320

With the help of these tables, the correct pinhole size can be determined for any
experiment. If an objective with a magnification of 100x and a numerical aperture
of 0.9 is used at a wavelength of 633 nm, the optimum pinhole size would be 50 pm
for maximum depth resolution and 10 pm for maximum lateral resolution.

In real experiments, one must usually find a compromise between resolution and
collection efficiency. When a very small pinhole is used, the collection efficiency is
strongly reduced. This is plotted in Fig. 1.14.

This graph shows the intensity on the detector as a function of pinhole size,
normalized to the total intensity in the image plane (¥ = 0 in (1.16)). One can
see that the collection efficiency is about 75% for maximum depth resolution (vp =
2.5), but only 6% for maximum lateral resolution vp = 0.5.

intensity on the detector [%]

Fig. 1.14 Collection
efficiency as a function of
pinhole size normalized to
the total power in the image
plane 3
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For a scattering point (Sect. 1.7.1, 8 = 1), the gain in resolution between using
a pinhole size of vp = 2.5 and 0.5 is only about 16%, while for a Raman emitting
sample with § = 1.2 (Sect. 1.8.2) the gain in resolution is only about 8%, but for
both cases the detected intensity is reduced by a factor of 12.5.
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Chapter 2
Introduction to the Fundamentals
of Raman Spectroscopy

Benjamin Dietzek, Dana Cialla, Michael Schmitt, and Jiirgen Popp

Abstract The goal of this chapter is to provide a general introduction to the prin-
ciples of Raman spectroscopy. The chapter will therefore begin with a theoreti-
cal description of the Raman effect, i.e., the classical electrodynamic treatment of
Raman scattering, the discussion of the Raman intensities, and the quantum mechan-
ical picture. Enhancement mechanisms for Raman microscopy will be discussed
in the second part and resonant Raman as well as surface-enhanced Raman spec-
troscopy will then be explained in detail.

2.1 Introduction

During the last decade Raman spectroscopy has matured to become one of the
most powerful techniques in analytical science due to its molecular sensitivity,
its ease of implementation, and the fact that in contrast to IR absorption spec-
troscopy the presence of water is not hindering its applicability. The use of Raman
spectroscopy originating in physics and chemistry has spread and now includes
a variety of applications in biology and medicine revealing the molecular signa-
ture of diseases and individual bacteria, ultrafast spectroscopy to unravel the sub-
picosecond dynamics of structural rearrangements during chemical reaction and has
reached for the stars — with the upcoming implementation of Raman spectrom-
eters in the Mars missions of ESA and NASA [1]. Furthermore, latest develop-
ments have merged the chemical sensitivity and specificity of Raman scattering with
the high spatial resolution of confocal microscopy yielding chemical images of a
sample.

In this chapter, the fundamentals of Raman spectroscopy will be explained.
First, we will discuss the classical picture of light scattering, which in the spe-
cial case of inelastic scattering will correspond to Raman scattering. The classi-
cal discussion is followed by a quantum mechanical description of light scattering
based on perturbation theory, and a description of effects, that enhances the weak
Raman effect, like resonance Raman (RR) and surface-enhanced Raman scattering
(SERS).

21
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2.2 Classical Picture of Light Scattering

In this chapter, the classical picture of light scattering, i.e., the classical picture of
interaction between an oscillating electromagnetic field and a molecular system, will
be discussed. Generally, the primary incident electric field will disturb the electronic
charge distribution in the molecule and thereby induce a dipole moment even in the
case of an unpolar molecular system. The sum of the induced dipole moments will
act as a macroscopic polarization, which represents the source for a secondary elec-
tric field irradiated by the molecules. This secondary field represents the scattered
light. Within this quite general and qualitative framework it is clear that all scattering
processes originate from the interaction of an electromagnetic field with the elec-
tronic subsystem of the sample. In order to understand how this interaction reveals
information on the nuclear subsystem of the sample, i.e., structural information and
normal coordinates, we will turn to a more quantitative yet still classical description
of the matter — field interaction.

2.2.1 Frequency Dependence of Raman Scattering

This description starts with the formula for the induced dipole moment ©, which
can be written as

Z=dF @.1)

Here p the molecular dipole induced by the external electric field E, which is char-
acterized by its vector amplitude E and its oscillation frequency wy.! The real part
of the field may thus be expressed as

- =
E = Eq-cos(wpt) 2.2)

The proportionality factor between the external field and the induced dipole moment
in (2.1) is the molecular polarizability, o, which is physically related to the extent
to which the driving field is able to disturb the electron density of the sample out
of its equilibrium configuration, i.e., the configuration in the absence of an external
field.?

However, the polarizability of an electronic system is not a static quantity.
Nuclear motion will modify the polarizability as the electron density adiabatically
adjusts to the momentarily nuclear geometry to overall minimize the energy of the

1 As in all practical modern applications of Raman scattering a laser is used as the excitation light
source, the terms excitation light and laser light as well as excitation frequency, wp, and laser
frequency are used synonymously.

2 We note that 11 and E are vector quantities, while o represents a third-rank tensor. Keeping this
in mind, vector notation is dropped from now on.
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system. To formalize this effect, the polarizability is expanded into a Taylor series
around the equilibrium nuclear geometry Qg, where Q represents the group of all
individual normal modes ¢.>

1 ([ 8%« , ;3
d—Ot(Q)—Ot0+Z|:<8q> 6]+§<W>W6'qw] +0(q)] (2.3)

In turn, oscillations with a characteristic frequency w, along each normal coordinate
q can be excited, thus

q = qo - cos(wgyt) 2.4)

Inserting (2.2) and (2.3) into (2.1) yields

u(t) = |:o¢0 + (g—:) - qo - cos(wqt)] - Eq - cos(wpt) (2.5)
90

Here, without loss of generality, we reduced the sum over all normal modes to a
representative mode g and further truncated the Taylor expansion in (2.3) after the
term linear in the mode displacement. This approximation is referred to as electrical
harmonic approximation. Using the trigonometric formula for the product of two
cosine functions (2.5) can be re-written as

1 [da
u(t) :O{()-Eo-COS(a)()t)—{-E 37 -qo - Eo - cos [(a)()—a)q)t]
40

1 (O
+=(=—] -q0-Eo-cos[(wo+ wy)i] (2.6)
2 \ dq a

0
This formula already constitutes the conceptual core of Raman scattering as a lim-
iting case of general light scattering. As can be seen, the time-dependent induced
dipole moment, which will act as a secondary source of (scattered) radiation, con-
tains three distinct frequency terms:

1. The first one, g - Eg - cos(wpt), oscillates at the same frequency as the incident
radiation and thus will be responsible for scattered light at this frequency, i.e.,
elastic Rayleigh scattering. This term does not contain any information on the
nuclear molecular degrees of freedom and is non-zero for all molecules due to
the non-vanishing polarizability of the electronic molecular subsystem.

2. The second term in (2.6) oscillates with the difference between the laser and the
molecular normal mode frequency. Hence, the radiation emitted by the induced

3 In the derivation presented here, molecular rotations are neglected as classical theory does not
yield discrete excitation energies for molecular rotations.
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dipole moment is red-shifted with respect to the excitation frequency. This term
representing inelastic light scattering contains information about the molecular
system via its dependence on w,. It is the source of the Stokes scattering that is
usually presented as the Raman spectrum.

3. Finally, the time dependence of the third term is characterized by the sum
wo + wy. Thus, it represents a source for radiation, which is blue-shifted with
respect to the laser frequency. This so-called anti-Stokes scattering is identical to
the Stokes spectrum, but has a strongly reduced intensity due to the Boltzmann
factor that describes the population of the thermally excited vibrational states.

2.2.2 Classical “Selection Rule” and Comparison to IR Absorption

In contrast to the elastic Rayleigh scattering, which classically depends on the equi-
librium polarizability of the molecule, the inelastically scattered light stems from
the non-zero derivative of the electronic polarizability at the equilibrium geometry

along the gth normal coordinate, i.e., (g—‘;‘) # 0. This relation provides an intu-

itive “selection rule” for Raman scattering of small molecules, which is useful in
conceptually discriminating Raman scattering from infrared absorption.

Let us begin the discussion considering the symmetric stretching vibration of
a homo-diatomic molecule, i.e., considering actually the only vibration of such
molecule. Due to the symmetry of the system it does not have a permanent dipole
moment in its equilibrium geometry. This zero-dipole moment is not changed upon
small changes along the normal coordinate. Hence, the derivative of the dipole
moment is zero and the vibration (see Fig. 2.1a) is not IR active.

However, the polarizability of the molecule changes as a function of the nuclear
displacement as can be qualitatively deduced from the limiting situations: for zero
internuclear distance the electron density resembles the density of a single atom,
while at infinite internuclear distances the situation compares to two individual
atoms of half mass. The latter having a larger polarizability than the former one.
Thus, the polarizability can be expected to increase monotoneously along the normal
coordinate and hence to have a non-zero derivative at the equilibrium position. In
turn, the vibration is Raman active.

The situation is slightly more complex for the linear triatomic molecule consid-
ered in Fig. 2.1(b)—(d). In this case we shall consider the molecular dipole moment
and polarizability in first—order approximation as the sum of bond dipole moments
and bond polarizability, respectively. For the symmetric stretch vibration (Fig. 2.1b)
the dipole moment changes as individual bonds are identical but opposite in sign
yielding a constant dipole moment along the reaction coordinate. This results in

4 This is different for a hetero-diatomic molecule, which has a permanent dipole moment, whose
derivative at the equilibrium position is non-zero.

5 For the derivation of a quantitative expression of the polarizability tensor the reader is referred to
the section on the quantum mechanical picture of Raman scattering.
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Fig. 2.1 The derivatives of polarizability (red) and dipole moment (blue) are schematically
depicted for the normal modes of a two (a) and a three atomic molecule (b—d). Based on these
intuitive considerations, conclusions on the IR and Raman activity of the modes can be drawn

no infrared absorption activity of this vibration. In contrast and according to the
arguments presented for the homo-dinuclear molecule above, the molecular polar-
izability changes along the reaction coordinate giving rise to the Raman activity of
this mode.

The situation is different for the antisymmetric stretching (Fig. 2.1c) and bend-
ing vibrations (Fig. 2.1d). In these cases it is obvious that the dipole moment will
change sign, when the systems pass through the equilibrium configuration, thus

(g—‘;‘) # 0 and both vibrations are IR active. The changes of the polarizability
40

along the mode are also non-zero but symmetric upon inversion of the sign of the
reaction coordinate. Hence, the changes of the polarizability for small displace-

ments can be approximated to be harmonic and (g—‘;‘) = 0. Therefore, both the
40

asymmetric stretch and the bending vibrations are Raman inactive. In principle, a
similar conceptual approach of dissecting molecular dipoles and polarizabilities into
bond dipoles and bond polarizabilities can be pursued for large molecules as well.
However, this rapidly becomes cumbersome and is therefore not discussed further.

2.2.3 Scattered Raman Intensity

Having discussed the origin of the frequency dependence of the Raman spec-
trum and the classical “selection rules,” we will now focus on a derivation of the
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intensities observed in a Raman spectroscopic experiment. The considerations start
from the oscillating induced dipole moment. For the simplicity of the discussion, we
only consider the part of the dipole moment which oscillates at wy — w, and gives
rise to the Stokes radiation:

MStOkeS(t) o <z_a> -qo - Ep - cos [(a)o — a)q)l] 2.7
40

Each oscillating induced dipole serves as a Hertzian dipole, i.e., as an antenna emit-
ting the secondary oscillation. The total power emitted by a Hertzian dipole is

i qg dor\? 4
P= s = O (=) (w0—wy) - Ej (2.8)
6m - gp-cC 12 - g9 - ¢ 99 / 4,

In the second identity, a temporal average over the oscillating part of |ji|?> o
cos?(wt) has been performed. The scattered intensity observed in a Raman exper-
iment is proportional to the overall power emitted by the induced dipole moment,
hence

da\? 4
Istokes X (_> : (CUO - wq) : E(% (2.9)
99/ 4,

Equation (2.9), which together with (2.6) constitutes the central result of the classi-
cal discussion of Raman scattering, illustrates the dependence of the observed scat-
tered intensity on molecular and experimental parameters. In order to be visible in
a Raman spectrum, the molecular polarizability needs to change along the normal
mode with a non-zero gradient at the equilibrium geometry. Thus, the gradient of
the polarizability determines the Raman scattering intensity in contrast to the equi-

librium polarizability, oo, which is roughly independent of the molecular species

and influences the Rayleigh scattering term only. While (3—‘;) and w, provide
40

molecular information about the system under study, wo and E(z) are the experimen-
tal parameters that influence the intensities observed in the experiment. An increase
of the laser power as well as the laser frequency will lead to more intense Raman
scattering being observed.

Furthermore, (2.7) offers a roadway to the design of experiments with controlled
Raman enhancement: resonance Raman spectroscopy and surface-enhanced Raman
scattering. In resonance Raman scattering the laser frequency wp is tuned into
an electronic resonance of the system under study. The frequency dependence of

(3—‘;) , which becomes apparent only in a full quantum mechanical description of
90

the molecular properties, then results in an increase of the scattered intensity and
a reduction of spectral complexity compared to non-resonant Raman scattering. In
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the case of surface-enhanced Raman scattering, the molecular species is brought
into close contact with a metallic surface, which increases the Raman scattering
cross-section by up to 15 orders of magnitude. As will be described in detail later,
this effect is due to a combination of a field enhancement (Eg) and a chemical
enhancement, which originates in surface-induced changes of the molecular polar-
izability.

2.2.4 Shortfalls of the Classical Picture

While the classical picture of light — matter interactions outlined above yields an
intuitive understanding of the number of lines and line positions in a Raman spec-
trum and the relative amplitudes of Stokes and anti-Stokes lines, the non-quantized
approach has some severe shortfalls. To give an obvious example, it does not provide
any description for rotational Raman spectra for the simple reason that classical
theory does not assign discrete frequencies to rotational transitions. Furthermore, a
classical treatment does not offer a connection between the Raman scattering tensor
(@;j)i and the transition dipole moments, the molecular Hamiltonian and the fre-
quency of the incident field. Thus, prominent and analytically important processes
such as resonance Raman scattering and surface-enhanced Raman scattering are
not explained within the classical theory. This information results naturally from a
quantum mechanical perturbation theory approach to light — matter interactions and
is considered in the following.

2.3 Raman Cross-Section Enhancement Mechanisms

The classical description of the scattered Raman intensity as presented in (2.9)
provides an immediate starting point for the discussion of mechanisms to enhance
the Raman scattering cross-section. As the enhancement of Raman scattering is of
utmost importance for the detection of trace amounts of analytes abundant in bio-
logical samples [2, 3], contaminations found in products or pollutants in air [4, 5] or
drinking water, the remainder of this chapter briefly introduces and discusses the two
central and frequently used Raman enhancement mechanisms. The starting point of
this discussion is (2.9), which reveals that the inelastically scattered intensity is
proportional to the square of (i) the polarizability and (ii) the electric field. Conse-
quently, the mechanisms routinely used to boost the Raman cross-section address
these two entities and can be conceptually divided into resonance Raman scattering
and surface-enhanced Raman scattering.

We will start the discussion reviewing the concepts of resonance Raman (RR)
scattering and presenting two prominent applications from our group. Finally we
will close this chapter by presenting the basics of surface-enhanced Raman scatter-
ing (SERS), surveying the variety of metallic substrates used in the application of
SERS and highlight some biological applications of this intriguing technique.
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2.3.1 Resonant Raman Scattering

In resonance Raman (RR) scattering the excitation wavelength is chosen to fall
within an electronic absorption of the molecule under investigation (Fig. 2.2).

In this case and in contrast to non-resonant Raman scattering, not only inelasti-
cally scattered light but also fluorescence/luminescence is observed.® As the cross-
section for fluorescence is about six orders of magnitude larger than the resonance
Raman cross-section the observation of Stokes scattered light is in many cases
hampered by the presence of fluorescence. However, in cases of large fluorescence
Stokes shifts (like in carbon nanotubes) or pre-resonant RR excitation wavelengths
both processes can be observed. Another experimental approach to suppress fluo-
rescence and obtain a pure RR signal is based on the different time dependences
of both signals; while RR scattering originates from the excited-state wave packet
prior to dephasing, it appears within a time window of roughly 20 fs after excitation.
In contrast, typical fluorescence lifetimes are in the order of some hundred picosec-
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Fig. 2.2 (a) Energy level diagram and dipole transitions illustrating Raman, resonance Raman,
and fluorescence. (b) Schematic comparison of absorption (solid, green) and emission spectrum

(dotted, red) and a Raman spectrum excited in resonance (light green) with the ground-state
absorption spectrum

61t can be shown (see S. Mukamel, Principles of Nonlinear Optics and Spectroscopy, Oxford
University Press (1995)) that in the case of no dephasing of the excited-state wavefunction RR
scattering and fluorescence are identical. In the — in most experimental situations realistic — case
of dephasing being present RR scattering is associated with the emission of the initial coherent

excited-state wavefunction prior to dephasing, while fluorescence reflects the emission of the inco-
herent wavefunction after dephasing.
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onds to nanoseconds. Hence, the use of an ultrafast Kerr shutter could enable the
observation of the RR signal without emission contributions.

A more formalized description of RR scattering starts from (2.9) with the notion
that the electric field is going to be treated classically, while the polarizability is
given based on quantum mechanics and in particular perturbation theory [6]. In
contrast to the notion in (2.9), it has to be kept in mind that o presents a complex-
valued quantity. Thus within the quantum mechanical treatment, the absolute square
of « enters the corresponding formula. As Raman scattering presents a two-photon
process, second-order perturbation theory has to be applied. On this basis Kramer
and Heisenberg (1925) and Dirac (1927) derived a quantum mechanical description
of the molecular polarizability:

B (fluplr)(rineg|i) (f g |r)(ripoli)
(ap”)fi - Z {ha)ri — hwo — il + hwrr — hoog — il } 2.10)

In here, r and s denote the polarization of the incident and scattered light, respec-
tively, while |7), |r), and | f) refer to the initial, intermediate, and final states of the
Raman scattering process, wy is the laser frequency, and w,;, w,s quantify the ener-
getic differences between the respective states. The damping constant I', has been
introduced phenomenologically in order to mimic the homogeneous line widths of
the respective band. While the first term in the sum represents the “intuitive” order
of events within the scattering process, i.e., the “absorption” of a photon is followed
by “emission” of the Stokes photon, the second term represents the reversed order
of events, i.e., the Stokes photon is “emitted” prior to the interaction of the system
with the pump, and formally follows from perturbation theory.

If — as in the case of RR scattering — the excitation wavelength is chosen to be
resonant with a molecular electronic transition, the denominator of the first term
becomes small and this term dominantly contributes to the molecular polarizability
and thus to the observed Raman scattering. Under these circumstances, the polariz-
ability is determined by the transition dipoles of the two transitions involved in the
process and the lifetime of the intermediate state, which is inversely proportional to
I". Hence, in electronic resonance

(p0) ;s = 3 { (fluplr)(ripsli) } 2.11)

hw,; — hwy — il

This expression can be further simplified by invoking the Born — Oppenheimer
approximation, i.e., factorization of the total wavefunctions |i), |r), and | f) into
an electronic part |g), |€.) and a vibrational wavefunction |v; f,-). Hence,

i) ~ leg) - [vi)
Ir) ~ lee) - [vr) (2.12)
Lf) ~ leg) - lvy)
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Furthermore, the Herzberg — Teller and Condon approximations are invoked, which
involve a Taylor expansion of the transition dipole moment as a function of the
vibrational coordinates and a truncation of the expansion after the constant term.
Hence, the transition dipole moment is assumed to be independent of nuclear dis-
placement. Formally, the combination of both the Herzberg — Teller and the Condon
approximations yields

(fluplry = (vrl(elmple)lver)

—_——

~ Ty e
‘ p.ee (2.13)

(rlioli) = (verl(e'nole) i)
~ —(0)
~ M(r,e/s
and hence the polarizability
—(©0) —(0 (vrlve) (Ve |vi)

(o) Z,ﬁp;s O, S e (2.14)

hawri — hawp — iFs’vg/

Vgr

as well as the vibronic part of the polarizability tensor, which we are concerned
about in the context of Raman spectroscopy:

(apa)fi = Z (v |ve) (ver |.Ui> 2.15)

7 haori — hap — lFs’vgr

While (2.10), (2.11), (2.12), (2.13), (2.14), (2.15) allow an immediate grasp of the
physics behind RR scattering, it is extremely cumbersome to evaluate the formu-
las quantitatively as the sum has to be performed over all possible, i.e., real and
virtual, intermediate states. To obtain a description of the RR cross-section that
is numerically easier to tackle, the Fourier transformation of the sum-over-states
approach of Kramer, Heisenberg, and Dirac is reconsidered. This procedure yields
the time-dependent description of RR scattering with

o
(@0p0) i = ! / (v [vi (1)) el @TO=TT gy (2.16)
0

Equation (2.16) relates the RR scattering cross-section to the time-dependent over-
lap of the excited-state vibrational wavefunction |v;(¢#)) with the final ground-state
wavefunction |v ). The time dependence of this quantity derives from the fact, that
upon interaction with the electronically resonant pump photon, the initial ground-
state wavefunction |v;) is transferred to the electronically excited state. In this elec-
tronic potential |v;) does not represent an eigenfunction of the Hamiltonian and
consequently the propagation with the excited-state Hamiltonian H, results in a
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structural change of the wavefunction over time:

iHext

[vi() = e #

U,‘> 2.17)

It can be shown that (v ¢|v; (t)) and thus the RR cross-section is directly proportional
to the displacement parameter A which is a measure of how far a molecule has to
move in one state in order to reach the geometry of the other state.

Hence, those modes which undergo the largest geometry change upon electronic
excitation are visible in the spectrum. These are the modes which are coupled to
the absorption and show the steepest gradient at the Franck — Condon point of
absorption. Thus, quantitative RR band analysis allows for the characterization of
the excited-state geometry [7, 8], while non-resonant Raman scattering is limited to
study ground-state structures of molecules.

Besides its intrinsic potential to study the structure of electronically excited
states, RR scattering offers some further advantages in analytics as the resonance
enhancement of the Raman cross-section boosts the intensity of the scattered light
by up to eight orders of magnitude and consequently leads to a drastic improvement
of the signal-to-noise ratio. Thus, the detection of analytes is possible in concentra-
tions a couple of orders of magnitude lower than in non-resonant Raman scattering.
Furthermore, only those modes are resonantly enhanced, that are coupled to the
electronic excitation, which leads to a drastic reduction of the spectral complexity.
Finally, RR offers advantages in studying mixtures of various analytes and chro-
mophores as, by tuning the excitation wavelength into the absorption of a partic-
ular analyte, only the vibrational modes of this particular molecular system will
become visible in the spectrum. The selective excitation of chromophores in RR
scattering is furthermore of utmost advantage, when studying systems of more than
a single chromophore in biological or biomimetic systems. It is not uncommon that
chromophore-selective excitation is relevant for the biological/biomimetic function
of a system. Therefore, it is extremely important to study the excited-state geome-
tries and ultrafast initial dynamics of individual subunits of a larger system.

In conclusion, RR extends the potential of non-resonant Raman scattering to
interrogate molecular structure to the study of excited-state structure and ultrafast
sub-20 fs dynamics upon photoexcitation. Employing a pump wavelength within an
electronic resonance of a molecular species boosts the Raman cross-section of the
modes, which are coupled to the particular electronic transition. Thereby, the RR
spectrum is less complex and concentration of analytes several orders of magnitude
lower than compared to non-resonant Raman scattering can be detected.

2.3.2 Advantages and Applications of Resonance
Raman Scattering

Since resonance Raman scattering occurs via enhanced scattering involving an
excited electronic state, the technique can be used to gain information about the
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molecular structure and dynamic of the excited electronic state. From the excitation
profile (plot of intensity of resonantly enhanced modes vs. excitation wavelength)
one can determine the strength of the interactions between the electronic excited
state and the vibrational modes, the atomic displacement A between ground and
excited state, and thus the change in bond length and bond angles when going from
the ground to the excited state. From the overtone progression of totally symmetric
vibrations, or combinations of them, the anharmonicity constant and harmonic fre-
quencies of the appropriate vibrations can be calculated [9, 10]. However, resonance
Raman spectroscopy is used not only because of its high power for photochemical
analysis but rather because of its high sensitivity and selectivity. By electronic res-
onance enhancement the intensity of the scattered light can be increased by a factor
of 10° compared to non-resonant Raman excitation. This improves the signal-to-
noise ratio and allows the detection of substances in solution at low concentrations
(1073 — 107> M). As the enhancement results from a coupling of the vibrational
modes (most of the time totally symmetric vibrational modes) to an electronically
excited state, it is possible to exclusively select vibrational modes from certain
chromophores by choosing an appropriate wavelength. Figure 2.3 illustrates this
selectivity for guanosine-5’-monophosphate as an example.
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Fig. 2.3 Selectivity of resonance Raman spectroscopy. Bottom: UV/vis absorption spectrum of
guanosine-5’-monophosphate (structure shown on the right). The arrows mark three different exci-
tation wavelengths applied to record the Raman spectra. Top): the oft-resonance Raman spectrum
excited at 532 nm on the right and the resonance Raman spectra excited at 244 nm (middle) and
218 nm (left) involving two different electronic transitions (spectrum excited at 218 nm taken from
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By varying the Raman excitation wavelength to be resonant with different elec-
tronic transitions, selective excitation of different chromophores is possible. The
off-resonance Raman spectrum excited at 532 nm (top right in Fig. 2.3) shows a
very complex vibrational structure, since all Raman-active vibrations contribute to
this spectrum. When exciting at 244 nm, only those vibrational bands are enhanced
that couple to the w — r* transition centered around 253 nm. The spectrum is much
simpler and special focus can be put selectively on those enhanced vibrations. A dif-
ferent enhancement pattern is found in the resonance Raman spectrum excited at
218 nm allowing one to investigate a different site within the molecule. This site
specificity due to the application of different Raman excitation frequencies allows
the study of smaller subunits in larger assemblies, as, e.g., probing the active cen-
ter in proteins which is pivotal for the function of the respective molecules, or the
selective excitation of macromolecules such as proteins or DNA in the presence
of other molecules, as, e.g., in whole cells. The simplification of rich vibrational
spectra from complex systems can also reduce the overlap of vibrational bands.
When using excitation wavelengths in the deep UV (< 250 nm), fluorescence, which
is often a problem in biological samples, is energetically far enough away from
the scattered light and does not interfere with the Raman signal. This is illustrated
in Fig. 2.4.

In case resonance Raman spectroscopy occurs via the same electronic excited
states where the fluorescence emission originates (Fig. 2.4a), the Raman signals are
often masked by the broad and featureless fluorescence spectra. This is especially
the case when the Stokes shift, i.e., the energy difference between the absorp-
tion maximum and the fluorescence maximum, is only small (Fig.2.4c). In UV
resonance Raman spectroscopy, energy-rich UV light is used, so that higher elec-
tronic excited states are incorporated. Raman scattering occurs within the first
few femtoseconds (10~'3s) directly from the high electronic state. The fluores-
cence process occurs only on a time scale of nanoseconds (10™%s) and there-
fore the molecule can relax to the lowest excited electronic state via radiationless
processes.

Since fluorescence occurs in most cases from the lowest energy excited state
(Kasha’s rule), the Raman and fluorescence signals are well separated on the energy
scale as shown in Fig. 2.4b. The high sensitivity, selectivity, and the absence of
interfering fluorescence brought forth various applications of the resonance Raman
technique in biological, biochemical, and medicinal research in the last years. The
techniques were successfully applied to study DNA conformation, native structures
of proteins and peptides, the local environment of biological chromophores (such as
hemoglobin, bacteriorhodopsin, carotinoids, just to name some of them [12-23]) in
situ and in dilute aqueous solutions, and for the differentiation and identification of
various bacteria, fungi, and algae [24-26].

Despite all the advantages experimental difficulties arise due to strong absorp-
tion of the excitation light which can cause thermal decomposition and unwanted
photoreactions of the sample. Reabsorption of the scattered light makes a quanti-
tative evaluation of the Raman intensity difficult and internal standards have to be
used [27].
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Fig. 2.4 Resonance Raman spectroscopy and fluorescence. (a) Energy level diagram (dark blue
arrows: excitation, light blue and green arrows: Raman scattering, pink: fluorescence), (b) exci-
tation to higher electronic states. Fluorescence and Raman signals do not interfere, (¢) excitation
at the high-wavelength edge of the absorption band. The Stokes shift is small and therefore the
Raman and fluorescence signals overlap

2.3.3 Surface-Enhanced Raman Scattering

Since its first observation by Fleischmann and coworkers in 1974 [28], surface-
enhanced Raman scattering (SERS) has matured into a widely used analytical tool
in spectroscopy and microscopy [29, 30]. SERS was first observed for pyridine
adsorbed on a silver electrode in an electrolyte cell. Subsequent experiments con-
cluded an enhancement of the Raman scattering by roughly five orders of magnitude
[31, 32].

Since SERS has been reported for molecules adsorbed on metallic structures
formed of, e.g., silver, gold, aluminum, copper, palladium, and platinum [33, 34],
an empirical correlation between the surface roughness of the metallic structure and
the SERS enhancement has been established [30, 35, 36]. Especially adsorbance of a
molecule on noble metal nanoparticles with strong surface curvature and roughness
enhances its Raman scattering cross-section by up to 15 orders of magnitude. At
the same time the complexity of the Raman spectrum is typically reduced down to
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some prominent marker bands. Enhancement factors of up to 10! ultimately allow
for the detection of Raman signals from single molecules [37, 38] and sparked the
use of SERS as an analytical tool in living-cell diagnostics [39, 40] and nanosensors
[41, 42].

2.3.3.1 Enhancement Mechanisms

As discussed above, Raman scattering can be classically understood on the basis of
induced dipole moments. Therefore, the Raman intensity corresponds to the total
power emitted by such Hertzian dipole and is thus proportional to the square of the
second time derivative of the induced dipole moment p. w itself is defined as prod-
uct of the molecular polarizability « and the electromagnetic field of the incident
laser beam E (see (2.1)). This gives rise to two complementary and multiplica-
tive enhancement mechanisms, the interplay of which is still subject to discussions.
The two conceptually distinct mechanisms, which are conventionally considered to
account for the SERS effect, are (1) an electromagnetic mechanism for an enhance-
ment of E and (2) a chemical mechanism for an enhancement of «:

1. Electromagnetic enhancement, which accounts for enhancement factors of up to
10'!, results from the excitation of localized surface plasmons within the metal
nanoparticles which serve as SERS substrates. The metallic nanoparticles are
smaller in size than the wavelength of the excitation light, i.e., typically sizes of
up to 100 nm are used. Thus they act as dipoles, in a qualitative same way as the
molecules in the Raman scattering process discussed above, and constitute the
source for localized strong fields. The excited surface plasmons enhance both
the local laser field experienced by a molecule, E¢, and the Stokes-shifted light
scattered by the molecule. Thus, the nanoparticle acts as an antenna efficiently
amplifying the Raman signal [43, 44].

The simplest formalized treatment of the electromagnetic mechanism involves
the quasistatic treatment of an isolated metallic nanosphere (dielectric constant
&;) embedded in a surrounding medium (dielectric constant gg). In Fig. 2.5 a
schematic illustration is depicted. The incident laser light excites a plasmon on
the surface of the nanoparticle.

The localized surface plasmon (LSP) resonance is characterized by the fre-
quency, with which the plasmon oscillates locally on the surface of the nanopar-
ticle. The nanoparticle itself acts as an antenna and the LSP irradiates a strong
electromagnetic field EL um directly on the surface of the nanoparticle with a
range of a few nanometers, which in the quasistatic approximation for an isolated
nanosphere can be described as

Ely = Ejlgl? (1 + 3 cos? 0) (2.18)

wherein E( denotes the amplitude of the incident electromagnetic field and 6 the
angle relative to the applied field direction. The angle dependence encoded in
(2.18) relates to the fact that in the approximation used the nanoparticle acts as
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Y

Fig. 2.5 Oscillation of free charges upon excitation of a localized surface plasmon in a metal
nanoparticle. The arrows indicate the electric field

a Hertzian dipole and reflects the latter irradiation characteristics. The important

factor g = ;";28500 reveals that the strongest field enhancement, i.e., the largest

values of EI% y Tor a given experimental geometry, is observed if the plasmon
resonance relation is met, i.e., N(g;) & —2¢p and J(g;) << 1. In theory, the
proportionality between the field strengths of the LSP irradiation and the incom-
ing field shows that extremely high Raman scattering intensities of molecules
close to the surface can be achieved. However, an attempt to experimentally do
so is often impractical due to burning of the sample [45, 46].

Not only the incident electric field is amplified by the LSP. Additionally, the
Raman scattered light of analyte molecules in close proximity to the surface,

— —

E pip, can be interacting with the induced electromagnetic field £y on the
—

nanoparticle surface and yields in E g¢. Thus the SERS intensity is addition-

ally enhanced by the contribution of 75> pip and E)sc [46]. See Fig. 2.6 for an
illustration.

molecule

g,- surrounding media .. detector

ER = Esc i+ El)ip

Fig. 2.6 Schematic illustration of the origin of electromagnetic enhancement of Raman scattering
for molecules in close proximity to a nanoparticle surface
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2. Chemical enhancement on the other hand can be understood as a surface-induced
resonance Raman effect resulting from the chemisorption of a molecule on the
metal surface. Due to chemisorption, the electronic structure of the substrate is
disturbed allowing for a resonant excitation of a surface-induced electronically
excited charge-transfer state. A simplified mechanism, as proposed in the litera-
ture [47, 48], is based on the formation of a surface complex upon chemisorption
of a molecule on the metal layer. The formed surface complex is characterized
by its charge-transfer character either transferring charge from the conduction
band of the metal to unoccupied molecular orbitals or vice versa. In this context,
chemical enhancement can thus be understood by a surface-induced resonance
Raman effect along the lines discussed above in the general context of resonance
Raman scattering.

Despite of the conceptual differences, an exact separation of the two distinct
enhancement processes is extremely challenging and experimentally very dif-
ficult, as any parameter easily changed in the experimental design will have
an influence on both mechanisms. A detailed understanding of the chemical
enhancement and a reliable separation from purely electromagnetic enhance-
ment is thus not only relevant for fundamental reasons but also crucial for the
design of analytical tools. Since both enhancement mechanisms are multiplica-
tive, unexpected chemical enhancements can easily lead to quantitatively and
qualitatively wrong analytical conclusions. For the sake of simply increasing the
Raman scattering cross-section, surface-enhanced resonance Raman scattering
(SERRS) can be employed. Here, the excitation wavelength is not only in reso-
nance with the surface plasmon absorption but more importantly also resonant to
the electronic absorption of the adsorbed molecules. Thus, surface enhancement
of the Raman signal appears combined with the adsorbate intrinsic enhancement
of the scattering due to the dispersion of (g—‘;) . As SERRS further enhances

40
the scattering cross-section and thus allows for a lowering of the detection limit

of a particular analyte, it has been implemented to study drug absorption and
protein properties [49].

2.3.3.2 SERS-Active Substrates

Substrates used for SERS have to meet the following requirements aside from the
plasmon resonance condition, i.e., 9i(g;) &~ —2¢p and J(g;) << 1, which is par-
ticularly well met for silver, gold, and copper when working with excitation in the
visible spectral region: due to an increased field enhancement at strongly curved
surfaces (lightning rod effect), the substrates should reveal sharp features or a sig-
nificant nano-roughness. A different way of enhancing local fields is to place two
(or more) nanoparticles/structures in close proximity, so that high fields are pro-
duced at the interface between the particles. Furthermore, in order to be applicable
in bio-analytical chemistry, SERS substrates need to be (i) non-toxic and chemically
compatible with the analytes or cells which are subject to detection, (ii) tempo-
rally stable, i.e., show no aggregation, which alters the enhancement during the
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course of the experiment, (iii) reproducible, and (iv) ideally low cost and easily
preparable.

Besides the conventional use of metal colloids, nanoparticles, and roughened
surfaces, recent experimental efforts have been devoted to the design of highly
reproducible SERS substrates with well-defined shapes and hence exactly controlled
plasmonic properties. Pursuing this research goal, basically two independent exper-
imental approaches have been followed: nanosphere lithography and electron beam
lithography. Nanosphere lithography was pioneered by Fischer and Zingsheim, who
demonstrated that a nanosphere containing solvent can be evaporated in a controlled
way to form a dense monolayer on a substrate, which is subsequently used as a mask
for a metal layer deposition. Van Duyne demonstrated the use of self-assembled
sphere masks to produce highly organized particle arrays. Defect-free silver arrays
of sizes up to 25 wm? have been reported, which revealed enhancement factors of
more than 107 for benzenethiol on these arrays [50].

Metal deposition without removal of the nanospheres forms the basis of an
approach conventionally referred to as films over nanospheres. Using the latter
technique, substrates with enhancement factors of up to 10° have been designed.
The use of multilayer silver — gold films-over-nanosphere substrates allows to com-
bine the high SERS enhancement typically observed for silver with the enhanced
long-term stability typically associated with gold substrates [51, 52]. Electron
beam lithography routinely produces highly reproducible patterns of a variety of
materials. Structures that have been demonstrated in the literature include square
and hexagonal arrays composed of ellipsoids, cylinders, and trigonal prisms as
well as nanowires [53-58]. Another recently pursued approach in designing novel
SERS materials, especially in connection with on-chip point-of-care protein diag-
nostics, is the use of engymatic silver deposition. In this technique, a strepta-
vidin peroxidase complex (SAPK) is coupled to a biotin-modified oligonucleotide
immobilized on a glass surface due to the biotin — streptavidin interaction. The
enzymatic silver deposition, which is caused by the enzymatic activity of the per-
oxidase, yields in the formation of nanostructures with sharp edges as depicted
in Fig. 2.7 [59].
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Fig. 2.7 Two examples of novel SERS substrates are depicted. (a) enzymatic grown metal particles
and (b) substrates manufactured by electron beam lithography
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2.3.3.3 Application of SERS

The significant enhancement of the scattering cross-section in SERS has sparked the
use of SERS as an analytical tool.

First experiments demonstrate the capability of combining SERS with microflu-
idic devices in order to develop novel lab-on-a-chip devices. Popp and coworkers
presented a proof of principle experiment for the application of a liquid/liquid
microsegmented flow for serial high-throughput microanalytical systems with
promising applications in clinical chemistry, pharmaceutical research, and analytical
chemistry. They combined microspectral SERS analysis with reproducible sample
volumes down to 180nl and showed that their approach offers the capability of
quantifying analytes by analyzing the SERS spectra [60, 61].

The combination of SERS spectroscopy readout and atomic force microscopy
(AFM) or scanning tunneling microscopy (STM) yielded a novel microscopic tech-
nique called tip-enhanced Raman scattering (TERS) [62]. TERS combines the high
spatial and topological resolution of AFM with the chemical sensitivity of Raman
scattering. Employing a near-field optical effect, TERS is capable of resolving struc-
tures smaller than the diffraction limit of the laser light used. TERS investigations
on the spectral composition of the surface of Staphylococcus epidermis quantified
the nanoscale heterogeneity of the bacterial surface with spatial resolution as small,
50 x 50 nm? [39, 40]. The chemical sensitive characterization of bacterial cell walls
offers promising roadways to the design of novel drugs designed to selectively tar-
get a particular bacterium. Another recent highlight of TERS microspectroscopy
was performed by Bailo and Deckert, who presented SERS spectra of a single-
stranded RNA homopolymer of cytosine with a spatial resolution down to a couple
of nucleobases [63]. Their experiment presents a benchmark in the application of
TERS to directly monitor DNA transcription — a key process for the understanding
of transcription errors and related diseases.

Another milestone in bringing TERS spectroscopy into the life science and in
particular into the field of biomedical diagnostics has been recently presented by
Deckert, Popp, and coworkers [64]. Their work revealed the high potential that
lies in the combination of extremely high spatial resolution (20 nm) and chemical
sensitivity intrinsic to TERS. Using the Raman enhancement on the tip surface the
authors succeeded in recording Raman spectra of the surface of a single Tobacco
mosaic virus. The recorded spectra were comparable to Raman spectra taken on
bulk virus material and revealed the chemical composition — dominant contributions
of RNA and proteins — of the virus. While the SERS-active tip interacts predomi-
nantly with the protein containing capsid, the range of the evanescent field of several
nanometers allows for additional Raman bands of the RNA from the inside of the
virus to be observed in the data. These results open new possibilities for the fast
detection and identification of single virus particles, which is not achievable by
conventional methods, and potentially study the interaction of viruses with cells
and drugs.

Yet another intriguing application of SERS in analytical science shall be men-
tioned that has been presented by van Duyne and coworkers [65]. In their work
SERS was used as the read-out mechanism to quantify the in vitro concentration



40 B. Dietzek et al.

of glucose in solution within the clinically relevant concentration range of less than
10 mM. Their apparatus consisted of a roughened silver surface, which was modi-
fied with a hydrophilic partition layer. The latter was implemented to facilitate the
preconcentration of glucose and various small analytes. The in vivo implementa-
tion of their glucose sensor allowed for online monitoring of the glucose level in
anesthetized rats proving the capability of SERS-based devices to operate within a
clinical procedure.

Finally, we want to mention an application that combines both Raman cross-
section enhancement mechanisms discussed so far, i.e., the combination of reso-
nance Raman and surface-enhanced Raman scattering, SERRS (surface-enhanced
resonance Raman scattering), for DNA sequence analysis [49]. The basic concept
in using SERRS for identification of specific DNA sequences is to couple the spec-
troscopic read-out with a biological essay. In this technique, the DNA fragment is
chemically linked to a dye molecule which in turn is terminated to a noble metal
surface by means of a covalently attached surface-seeking group. Hence, the dye,
which might or might not be a fluorescent molecule, is covalently attached to the
DNA fraction to be labeled and brought into close proximity of the noble metal
surface. Therefore, characteristic Raman modes of the dye are enhanced. The bio-
chemical essay ensures that the presence of a particular dye can be correlated with
the presence of a particular DNA fragment and hence indirect DNA sensitivity is
achieved. The dominant attractiveness of this technique is its high sensitivity in
terms of absolute detection limits, which is reported to be in the range between 10~
and 10712 M, depending on the use of the particular SERRS marker and the metallic
surface providing the Raman enhancement. Thus, the detection limit of SERRS in
the DNA detection exceeds the sensitivity of a fluorescence read-out by roughly one
to three orders of magnitude [49].

This brief and far-from-complete overview over recent applications and ongo-
ing developments of surface-enhanced (resonance) Raman scattering demonstrates
the enormous potential of Raman spectroscopy for biomedical analysis. Subsequent
chapters in this book will provide further and more detailed insight into selected
areas of Raman applications in the life science.
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Chapter 3
Raman Instrumentation for Confocal
Raman Microscopy

Olaf Hollricher

Abstract Raman spectroscopy is a weak scattering technique in which typically
less than one in a million excitation photons give rise to a single Raman photon.
The situation is even more difficult in confocal Raman microscopy, as the detection
volume is reduced by the small pinhole and thousands of spectra must be collected
in a short period of time. Therefore, careful design of the excitation and detection
optics as well as the appropriate choice of spectrometer and detector is important
for successful experiments. As detectors and instrumentation in this field continue to
quickly evolve, a snapshot of state-of-the-art Raman equipment and instrumentation
will be provided.

3.1 Introduction

Raman scattering is typically a very weak effect due to the non-resonant interaction
of the exciting photons with the molecules involved in the scattering process. There-
fore, the number of Raman photons in a given measurement geometry is limited
and any progress in technology that leads to a higher collection efficiency is very
important.

Although the Raman effect was already discovered in 1928 by Chandrasekara
Raman [1], who was awarded the Nobel Prize in Physics 2 years later, routine
Raman spectroscopic experiments were not possible until the development of the
laser in the 1960s [2].

In the 1970s and 1980s, the development of charge-coupled devices (CCDs)
[3, 4] replaced photomultiplier tubes (PMTs) and enabled multi-channel detection.
Willard S. Boyle and George E. Smith received the Nobel Prize in Physics in 2009
for the invention of the CCD camera.

As silicon detectors have a much higher quantum efficiency (QE) compared to
PMTs in the visible and near-infrared regions of the spectrum and CCDs are avail-
able as linear detectors, this has reduced measurement times by at least three orders
of magnitude. Before, the Raman band of interest had to be scanned across a PMT,
a point detector only sensitive to a very narrow wavelength range selected by the
exit slit of the spectrometer.
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With the introduction of the CCD, the exit slit of the spectrometer could be
replaced by a linear CCD detector, enabling the acquisition of 1000 channels (or
more) at the same time.

3.2 The Development of Raman Microscopes

In the 1990s, companies first combined a Raman spectrometer with an optical
microscope and established so-called micro-Raman spectroscopy. The microscope
was used to focus the excitation light to a small spot a few micrometers in diameter
to obtain a Raman spectrum from a microscopic area. For the first time, Raman
spectra could be obtained from samples of only a few micrometers in diameter.
The advantage of using a microscope objective instead of a simple lens is the high
collection efficiency for the Raman signal due to the high NA! of the microscope
objective. On the other hand, as one focuses the light to a microscopic spot, care
must be taken to not heat the sample and thermally destroy it with an overly intense
laser beam.

In a further approach, the micro-Raman instruments were equipped with stepper
motor driven positioning stages to raster scan the sample and collect Raman spectra
at a given number of sample positions. This technique, which was called Raman
mapping, could be used to extract the relevant chemical information from each
spectrum and to create a map of the distribution of the chemical components in
a sample with a lateral resolution of a few micrometers.

As the acquisition of typical Raman spectra using these instruments could take
several seconds integration time (or even much longer, depending on the required
S/N ratio and scattering efficiency of the sample), general understanding was that
this technique is very slow and creating a Raman map of a sample takes hours,
if not days, to acquire [5]. If one uses an integration time of only 1 s/spectrum, a
60 x 60-pixel Raman map takes 60 x 60 = 3600s = 1 h for the integration alone.
Adding the time required to position the sample with a stepper motor stage, as well
as the readout time for the CCD and the time for the backward scan, the total time
required for this experiment can be easily twice as long. Keeping a system stable
with an accuracy of better than 1 um over this timescale is already a challenge and a
60 x 60-pixel map is only a very small image. A 200 x 200 = 40,000 spectra image
under these conditions is virtually impossible if the integration time per spectrum
is not dramatically lowered. If one wants to establish Raman imaging as a routine
technique, the integration time per spectrum must be reduced to 100 ms/spectrum or
even less.

Therefore, multiplex setups were developed to increase the acquisition speed
similar to the transition from the single-point, zero dimensional PMT to the
one dimensional CCD.

! Numerical aperture = sine of half of the acceptance angle of the objective.



3 Raman Instrumentation for Confocal Raman Microscopy 45

Instead of illuminating a single point and scanning this point across the entire
sample area, one idea is to illuminate a complete line and project this line onto the
entrance slit of a spectrometer. Using an imaging spectrometer, the vertical axis of
the CCD camera could be used for position information and the horizontal axis for
energy dispersion. With this technique, one could acquire hundreds of spectra along
the illuminated line at the same time. This technique is called “line imaging.”

Another approach is to homogeneously illuminate the sample as a whole and
acquire the desired spectral information without a spectrometer by sending the light
through a (tunable) narrowband filter onto an imaging CCD. A single exposure col-
lects the Raman light of the whole sample and scanning is no longer necessary. It
is not possible to collect a complete Raman spectrum at every image point. Instead,
the spectral information must be gained by taking several images at different filter
passband positions. This technique is called “global imaging.”

Although these techniques appear to increase detection speed through their mul-
tiplex advantages by several orders of magnitude, they have severe disadvantages
that in most cases prevent their useful application.

One main disadvantage is that neither technique is confocal, so that there is either
a slit instead of a round pinhole or no pinhole at all. “Confocal” is defined as “hav-
ing the same focus” and describes an optical microscope in which the sample is
illuminated with a point source and the image of this point is detected through a
pinhole in front of the detector. The illuminating point source and the pinhole are
both positioned in the same focal plane. An image of the sample is obtained either
by scanning the laser focus point by point and line by line across the sample or
by scanning the sample under the laser spot. As the signal is detected through a
pinhole, only light originating from the focal plane can reach the detector. Light
emitted above or below the focal plane is not in focus in the pinhole plane and
therefore does not contribute to the image. The theory of confocal microscopy is
described in Chap. 1.

3.3 Confocality

The natural enemy of Raman spectroscopy is fluorescence. As fluorescence is a res-
onant interaction of light with electronic sample states, the efficiency of fluorescence
can easily be six orders of magnitude higher than that of the Raman interaction. If
the sample shows fluorescence at the excitation wavelength used for Raman, in most
cases the fluorescence intensity is so high that no Raman signal can be detected.

Therefore it is extremely important to reduce the fluorescence background as
much as possible either by using an excitation wavelength at which the sample does
not show fluorescence or by reducing the detection volume.

Unfortunately it is not always possible to find an excitation wavelength at which
there is no fluorescence, because of the high efficiency of the fluorescence process
compared to Raman scattering. In these cases, the confocal detection setup limits the
collection of fluorescence to photons emitted from the focal plane. This dramatically
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reduces the fluorescence background signal, so that in many cases Raman images
can be obtained, where non-confocal techniques only detect fluorescence.

If the fluorescence is caused by impurities and not the sample itself, very often
the fluorescence is bleached due to the high excitation intensity in the focal plane.
In these cases, a confocal Raman image gives often very useful results, while non-
confocal techniques would still collect too much fluorescence from areas above and
below the focal plane.

As the confocal detection principle limits the detected light to the focal plane, it
also allows the analysis of transparent samples in 3D and an optical cross-section to
be performed without cutting the sample in half. If the sample is a thin layer on top
of a supporting substrate, only a confocal setup allows the separation of the signal
from the sample from the background signal of the substrate. A less than 1 pm thin
polymer sample on a cover glass (170 pwm thickness) will give a more than 100 times
smaller Raman signal than the glass substrate itself and can hardly be analyzed with
a non-confocal technique.

Non-confocal techniques might have their niche applications, but the confocal
setup is so far the most versatile technique that delivers the best results in terms of
spatial resolution and background suppression.

3.4 Throughput of a Confocal Raman Microscope

It is extremely important to optimize the throughput of the confocal Raman micro-
scope to allow confocal Raman imaging in reasonable amounts of time because
the Raman signal is usually very weak. Figure 3.1 shows a sketch of a typical
Raman microscope system consisting of an excitation laser, a microscope, and a
spectrometer with CCD detector. Scanning movement of the sample is performed
with a piezo-scanner which is very fast and extremely accurate when equipped with
position sensors.

Spectrometer

CCD Camera

el
-

Microscope ~

Fig. 3.1 Typical layout of a
Raman microscope with a
fiber-coupled laser source and
spectrometer
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To optimize the Raman signal, every part of the system must be optimized for the
highest transmission and efficiency. It is very easy to lose an order of magnitude in
sensitivity if the components are not properly chosen. If a single spectrum is desired,
it is usually not important whether the necessary integration time is 1 or 10s, but it
makes a big difference if an image takes 15 min or 2.5 h.

In the following sections, points of specific importance are described.

3.4.1 Laser Wavelength

The Raman scattering intensity is proportional to v*, where v is the frequency of the
exciting laser radiation. Excitation at 400 nm therefore leads to a 16 times higher
Raman signal than excitation at 800 nm. On the other hand, many samples show
strong fluorescence when excited in the UV or blue region of the spectrum and low
fluorescence when excited in the red or NIR region of the spectrum.

The shorter the excitation wavelength, the higher the lateral resolution, because
the resolution is given by Ax = 0.61 x A/NA, with Ax being the shortest distin-
guishable distance between two points, A the wavelength, and NA the numerical
aperture of the objective used. This relation also shows that the numerical aperture
is equally important. Good objectives with a very high NA are easily available in the
range from 400 to 900 nm. For UV wavelengths below 350 nm, Raman scattering is
very high, but the number of available objectives is limited and their NA is typically
very small. Also, sample damage due to the high photon energy is starting to be a
problem. At long wavelengths, lateral resolution decreases and the Raman efficiency
drops strongly, but fluorescence is less likely.

A laser suitable for Raman microscopy should

e have a Gaussian beam shape (single longitudinal mode, TEMO0O0), so that it can
be focused onto a diffraction-limited spot,

e be linearly polarized, to allow the observation of polarization-dependent sample
properties,

e have a very narrow line shape of well below 1 cm™., to avoid broadening of the
Raman lines,

e be very stable in frequency (variation <0.01 cm™!), to allow stress measurements
with high accuracy,

e be very stable in intensity (<1-2% power fluctuations), to allow accurate and
comparable measurements of concentrations,

just to name a few of the essential properties.

3.4.2 Excitation Power

The Raman signal is proportional to the excitation power, but the excitation laser
power should be chosen well below the point where absorption leads to thermal
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decomposition of the sample. The acceptable laser power depends on laser wave-
length, sample properties (absorption, thermal conductivity), and other imaging con-
ditions (laser focus diameter, etc.). It can vary from a few microwatts to several
hundred milliwatts. If the sample is transparent, the typically acceptable power for
green excitation will be on the order of 10 mW for a 300 nm spot size.

3.4.3 Objective

To obtain the highest possible collection efficiency in combination with the best
spatial resolution, one should use an objective with the highest numerical aperture
applicable under the measurement conditions. One must also pay attention to the
transmission characteristics of the microscope objective at the excitation wave-
length. A good microscope objective might have 80-90% transmission at 500 nm
wavelength, but only 40% or even less at 900 nm. The reason for this is that anti-
reflection coatings that have less than 0.5% reflectivity in the visible can be far more
reflective in the IR. This is particularly important as the light must pass through the
objective twice.

The sample flatness needs to be considered as well when choosing the correct
objective since a high NA objective will have a good depth resolution and collect
from only a narrow height in the Z direction. This in turn means that a sample with
a high topography will sometimes be in focus on the sample surface and sometimes
not. In this case using an objective with a lower NA might be beneficial.

3.4.4 Microscope Throughput

The throughput of the microscope is as important as the throughput of the objec-
tive itself. The light must pass through the microscope twice, therefore the losses
are squared. Fewer optical components with optimized throughput result in lower
losses.

The laser beam is coupled into the microscope with a dichroic or holographical
beam splitter. The reflectivity of this beam splitter should be as high as possible for
the laser excitation wavelength, while its transmission for the Raman light should
be high as well. With today’s coating technology, dichroic filters are available that
have a reflectivity >95% at the laser wavelength and at the same time a transmission
of about 98% for the Stokes-shifted Raman light above approximately 150 cm™~!. If
one needs to get closer to the Rayleigh line, holographic beam splitters must be used,
but it is only a matter of time until coating technology will allow holographic filters
to be completely replaced. Holographic filters will then only be needed if detection
of the anti-Stokes Raman spectrum is necessary.

For efficient suppression of the Rayleigh line, an edge or notch filter which
reduces the laser line intensity by six orders of magnitude while having a throughput
of >95% for the Stokes-shifted Raman lines should be used.
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3.4.5 Coupling Between Microscope and Spectrometer

It might sound trivial, but the optical coupling between microscope and spectrome-
ter is extremely important because it has to serve several functions. The first obvious
task is that it must couple the light effectively from the microscope into the spec-
trometer. If this is done with metallic mirrors that have 85% average reflectivity,
after only four mirrors 50% of the signal is lost.

Additionally, the light must be coupled into the entrance slit of the spectrometer
and its aperture must be transformed into the entrance aperture of the spectrometer.
A higher divergence than the acceptance angle of the spectrometer will result in
enormous losses; a smaller divergence will result in a reduced resolution because
the grating is only partly illuminated.

For an effective confocal setup, the confocal pinhole size must be chosen accord-
ing to the diameter of the point spread function on the image side of the objective.
As an example, a 100 x objective with NA = 0.9 at 633 nm excitation wavelength
will produce a diffraction-limited airy disc of 43 jum in the image plane. A confocal
pinhole diameter of 50 wm will be in this case nearly ideal for maximum depth
resolution and high collection efficiency. The illuminating NA in the image plane for
the objective above is NA = 0.009 (0.9/100 =0.009, because the product of magnifi-
cation and NA is a constant (Etendue)?), while a typical f =300 mm spectrometer
has an entrance aperture of NA =0.125 (f/4).

To match the entrance aperture of the spectrometer, an additional intermediate
magnification of 14 x is needed which introduces losses and is subject to misalign-
ment. A single multi-mode optical fiber with, in this case, 50 um core diameter can
be used to fulfill all these purposes. The fiber serves

1. as a pinhole, because only the core guides and transports the light,

2. as a light guide with extremely high efficiency (the only losses are 4% entrance

and exit losses if non-coated entrance and exit surfaces are used),

as an entrance slit for the spectrometer, and

4. as an aperture matching device, because the exit aperture of the fiber (NA =0.12)
exactly matches that of the spectrometer, if a f/4 spectrometer is used.

et

3.4.6 Spectrometer Throughput

Most commercially available spectrometers have a throughput (including gratings)
of only 30-35% (at 532 nm), although the gratings have an efficiency of up to 80%.
This means that more than 50% of the light is lost in the coatings of the spectrom-
eter mirrors. The reason for this is that most spectrometers are not optimized for

2 The Etendue is a conserved quantity in optical systems. It basically characterizes how “spread
out” the light is in area and angle.
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the small frequency range of the Raman signal, but should work from UV to IR.
Optimizing the spectrometer for the wavelength range of interest can therefore
double the throughput [6].

3.4.7 Gratings

The grating in a spectrometer disperses the signal onto the CCD detector by deflect-
ing each wavelength at a slightly different angle. The number of grooves per
millimeter determines the dispersion characteristics. A high number of grooves/mm
(lines/mm) results in a high dispersion and a high resolution, but also distributes
the signal over a large number of CCD pixels. As, with very few exceptions, the
narrowest lines of typical samples for confocal Raman microscopy have a width
(FWHM = full width at half maximum) of not less than 2-3cm™!, a spectrometer
with a resolution of about 1 cm™! is a good compromise.

It is useful to be able to switch between multiple gratings so that the user can use
one grating with a dispersion that is matched to the detector size in order to ensure
that the full Raman spectrum (—100-3600 cm™") is covered by the detector, as well
as a high resolution grating that delivers approximately 1 cm~! resolution.

To optimize the efficiency, gratings are typically “blazed” for a certain wave-
length. This means that the grooves are angled so that the grating efficiency can
reach 80% for the first diffraction order. The grating efficiency sets the upper limit of
the throughput of the spectrometer. A typical grating efficiency for a 600 lines/mm
grating with a blaze wavelength of 500 nm is shown in Fig. 3.2.

As can be seen, the grating efficiency peaks at the blaze wavelength and shows
a strong drop-off with shorter wavelengths. With longer wavelengths, the falloff is
less steep, but if this grating is used at 785 nm excitation, the efficiency is reduced
by a factor of 2-3.
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3.4.8 CCD Detector

The detector is one of the key components of a Raman microscope and choosing the
correct CCD strongly affects the performance of the instrument.

CCD cameras are available in a wide variety of detector sizes, uncooled or
cooled, with Peltier or liquid nitrogen (LN) cooling, front- or back illuminated, as
deep depletion models or with a UV coating, just to mention a few of the hundreds
of variations.

A CCD (charge-coupled device) detector consists of an array of light-sensitive
Si-photodiodes, each connected to a capacitor. In the photodiode, every detected
photon creates an electron-hole pair which is separated by the internal electric field
and the electrons are stored in the capacitor. A typical detector size for a spectro-
scopic detector is 1024 x 127 pixels (pixels per line x pixels per column), with a
pixel size of 26 um x 26 pm.

The first important characteristic of the detector is its quantum efficiency (QE),
which is the percentage of detected photons to total incoming photons. As the light-
sensitive area of a CCD is partially blocked by electrical interconnection lines, the
QE of a typical (front-illuminated) detector is about 45% at 500 nm. To increase
the detection efficiency, many scientific detectors are available as back-illuminated
devices, which means that they are etched to about 17 wm thickness and the light
is incident from the backside. With this technique and a proper anti-reflection (AR)
coating, a QE of more than 90% can be achieved (at 500 nm).

A comparison of QE curves for typical front- and back-illuminated detectors is
shown in Fig. 3.3.

The QE determines the signal that is detected in a Raman experiment. Equally
important is the noise in the signal or the noise created in the detector itself, because
the signal to noise ratio (S/N) determines the quality of a measurement.
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Fig. 3.3 Typical QE curves for back-illuminated (BI), back-illuminated deep-depletion (DD) and
front-illuminated (FI) CCD detectors as a function of wavelength
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The primary noise sources in a background-free measurement (no fluorescence
or other background signal) are

e 0 (shot noise) = /signal (e—)

e o (thermal noise) = /f of thermally created electrons
e o (readout noise) = noise created by the readout amplifier during the amplifica-
tion and digitization process

Ideally, the noise should be dominated by the shot noise of the signal itself. Every
other noise source should be as small as possible.

Thermal noise is created by thermally excited carriers in the detector itself and
can be strongly reduced by cooling the detector. At —60°C, the typical back-
ground signal due to thermally excited electrons is 0.01 electrons/pixel/s for a
back-illuminated CCD. Therefore, thermal noise (which is the square root of the
number of thermally created electrons) can be neglected up to integration times
of a few minutes if the detector is kept at —60°C or below. As the integration
times in a throughput optimized confocal Raman microscope are usually well below
1 s/spectrum, thermal noise is generally not a limiting factor.

A CCD temperature of —60 to —70°C is easily achieved with a good Peltier
cooler, and more recently even —90 °C has become possible, so that LN cooling is
nearly obsolete.

More important is the readout noise of the readout amplifier in the detector itself.
The readout noise is expressed in electrons and depends on the quality of the readout
amplifier as well as the readout speed. For longer integration times (>50ms), a
slow readout amplifier is sufficient. A high-end 33-kHz readout amplifier produces
anoise floor of less than four electrons. At 100-kHz readout speed, the readout noise
of the best cameras is in the order of 10 electrons, while at 2.5-MHz readout speed
it can easily be 35 electrons.

Using a 1024 x 127-pixel detector with a 33-kHz readout amplifier, the minimum
integration time will be about 32 ms (31 spectra/s). An image consisting of 256 lines
with 256 spectra each (65,635 spectra) obtained with this integration time will take
about 2100 s = 35 min acquisition time (retrace not counted). The noise of four elec-
trons/pixel is equal to the shot noise of 16 electrons/pixel signal (18 photons/pixel
signal at 90% QE).

If a 100-kHz readout amplifier is used, the minimum integration time is reduced
from 32 to about 12 ms (83 spectra/s) and the image can be acquired in 790 s ~
13 min, but the readout noise is then equal to the shot noise of a signal of 100
electrons/pixel (111 photons/pixel at 90% QE).

If a 2.5-MHz readout amplifier is used, the integration time can be further
reduced to below 1ms (1000 spectra/s) and the acquisition time can be as low
as 65s &~ 1 min, but of course the available signal is reduced by a factor of 32
compared to the first and a factor of 12 compared to the second example due to
the lower integration time per spectrum. The readout noise increases dramatically
and now dominates the shot noise of every signal below 1225 electrons/pixel (1361
photons/pixel at 90% QE).
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As one can see, especially at very short integration times (fast scanning), the
readout noise starts to dominate all other noise sources and the signal is very often
no longer shot noise limited.

The signal to noise ratio (S/N) for such CCD detectors can be calculated with

Signal

SIN = 3.1)

\/Signal + 01% + U%

where or is the readout noise and ot the thermal noise, which can be excluded
in this case. If an experiment requires a S/N ratio of 10 at 32 ms integration time
using the 33-kHz readout amplifier, this would mean a signal of 114 electrons/pixel
(127 photons/pixel = 3969 photons/pixel/s) would be necessary. An ideal detector
without any readout noise would achieve a S/N ratio of 10.68 (114/sqr(114)), so
that the readout noise would only add 7% to the total noise.

At 12 ms integration time using the same conditions, the 100-kHz readout ampli-
fier must be used and as the integration time is shorter, the signal is reduced by a
factor of 2.7 (=32 ms/12 ms). One would in this case detect only 43 electrons/pixel.
This, together with a readout noise of 10 electrons for the 100-kHz readout amplifier,

leads to a S/N ratio of 3.6 (S/N = 43//10% + 43). This signal is still detectable,

but without readout noise the S/N ratio would be 6.6, which means that the S/N
ratio is already reduced by a factor of nearly 2, just because of the readout noise.
At even shorter integration times, which means lower signal levels, things
become even worse. At 1-ms integration time using the 2.5-MHz readout amplifier
(35 electrons readout noise), the experiment would deliver only 3.56 electrons/pixel

which leads to a S/N ratio of only 0.1 (S/N = 3.56/v/352 1 3.56). Without readout

noise, the S/N ratio would be 1.89, nearly a factor of 20 higher. A signal with a S/N
ratio of 1.89 can be easily detected, while this cannot be said for a signal with a S/N
ratio of only 0.1.

In the examples above, the digitization noise was neglected. After the readout
amplification, the signal is digitized with typically 16-bit resolution in a scientific
spectroscopic CCD. The A/D rate is expressed in electrons per A/D count and is
usually chosen for maximum S/N without losing too much sensitivity. If a typical
CCD has a saturation signal of 650,000 electrons/pixel, the amplification should be
about 10 electrons/AD count (650,000/16 bit). Thus the “single bit uncertainty” or
“digitization error” is also 10 electrons and is equal to the readout noise for a 100-
kHz amplifier. This then already adds 41% (1/«/1 +1= 1.41) to the readout noise,

which means the readout noise is effectively +/2 larger. Therefore, many CCDs have
an additional amplifier with, e.g., 2x or 4x amplification before digitization, so that
the noise added by digitization can be reduced (at the cost of dynamic range).

Ideally one would wish to have a detector that has 100% QE, no thermal noise, no
readout noise, or any other noise source. This ideal detector would always be shot
noise limited, which is as good as physics allows. A back-illuminated CCD with
good cooling comes very close to this ideal detector if used with long integration
times. In terms of QE and thermal noise one could already call it ideal.
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Recent developments in CCD technology have led to a detector that comes even
closer to what would be an ideal detector, at least in a certain wavelength range.
This detector is called an EMCCD (electron-multiplying CCD).

3.4.8.1 EMCCD

An electron-multiplying CCD (EMCCD) is a normal CCD with an additional read-
out register that is driven with a much higher clock voltage than a normal CCD read-
out register. Due to this high clock voltage, electron multiplication through impact
ionization is achieved with an adjustable total amplification of the signal of up to
1000 times. While shifting the carriers from pixel to pixel in the readout register, the
probability for the generation of an excess carrier is extremely low (max. 1.0043),
but as this process is repeated 1600 times, the total amplification can be as high as
1.00431990 = 1000. With this multiplication process, it is always possible to amplify
the signal above the readout noise so that the S/N ratio is always limited by the
Poisson noise of the signal, even if a very fast readout amplifier is used. The signal
is then called shot noise limited.

As an example, a 1600 x 200-pixel EMCCD with a 2.5-MHz readout amplifier
can be read out in only 1.3 ms (= 760 spectra/s) without being limited by readout
noise as in a normal CCD.

If the readout is restricted to a few lines of the CCD chip, even more than 1300
spectra/s are possible (<700 ps integration time/spectrum).

As demonstrated in the example above, the readout noise is only important for
very low signals below a few hundred electrons per pixel, as is typical for short
integration times. If the signal is not dominated by readout noise (large signal,
long integration time), the “normal” readout register can be used and the EMCCD
behaves like a state-of-the-art back-illuminated CCD.

Although an EMCCD camera is extremely sensitive and capable of detecting
single photons, it cannot be used as a single photon detection device such as a
photomultiplier because it lacks a discriminator. A certain number of generated
carriers can originate from a different number of photons. This is taken into account
in the so-called excess noise factor which adds a factor of 1.4 to the total noise
of an EMCCD camera. Despite this factor, an EMCCD can still enhance the S/N
ratio compared to a standard CCD, especially for very low signal levels and fast
readouts.

Figure 3.4 shows the calculated S/N ratio versus signal (photons per pixel) for
an EMCCD compared to a conventional CCD with 4, 10, and 35 electrons readout
noise (33kHz, 100kHz, and 2.5 MHz readout speed). An excess noise factor of
1.4 was taken into account for the EMCCD. It was assumed that both cameras had
90% QE.

Figure 3.5 shows the improvement of the S/N ratio of an EMCCD compared to
a normal CCD with 4, 10, and 35 electrons readout noise.

As one can see, the S/N ratio obtained with an EMCCD is improved for signal
levels up to 18 (111; 1362) photons/pixel compared to a standard CCD with four
(10; 35) electrons readout noise.
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Fig. 3.4 Signal/noise ratio for a back-illuminated EMCCD detector compared to conventional
back-illuminated CCD cameras with different readout noise levels (4, 10, and 35 electrons) as
is typical for slow (33 kHz), medium (100kHz), and fast (2.5 MHz) readout speeds as a function
of photons per pixel. The arrows indicate the number of photons (18, 111, 1362) below which the
S/N ratio of the EMCCD exceeds that of a conventional detector at the various readout noise levels
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Fig. 3.5 Improvement of the S/N ratio for a back-illuminated EMCCD detector compared to
conventional back-illuminated CCD cameras with different readout noise levels (4, 10, and 35
electrons) as is typical for slow (33 kHz), medium (100 kHz), and fast (2.5 MHz) readout speeds as
a function of photons per pixel. The arrows indicate the number of photons (18, 111, 1362) below
which the S/N ratio of the EMCCD exceeds that of a conventional detector at the various readout
noise levels

A signal of 18 electrons or even less seems to be extremely small and that is
certainly true if one is accustomed to working with single Raman spectra. As far as
confocal Raman microscopy is concerned, things are different. Here, a large number
of spectra (>10,000) are acquired and stored and similar spectra with a very low
S/N ratio can be averaged to generate a single spectrum with a high S/N ratio. In
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a confocal Raman measurement, even a S/N ratio of less than 0.1 in the individual
spectra can be sufficient to identify unknown species if one knows which of the
spectra have to be averaged or if multi-variate analysis methods are employed.

Example of an EMCCD Measurement

In order to illustrate the effect of the EMCCD gain, the following test was per-
formed.

The sample for the tests presented here was an ultra-thin poly(methyl methacry-
late) (PMMA) film spin-coated onto a glass substrate. The layer was scratched and
the PMMA removed in some areas of the sample (in the center of the figures below).
Here the height of the sample layer was determined by AFM to be 7.1 nm. Addi-
tionally, a needle-shaped contamination was found on the surface with a thickness
of 4.2 nm. The origin and material composition of this contamination layer was not
known initially, but could be determined by the confocal Raman measurements.

The results presented in Fig. 3.6 were obtained by acquiring 200 x 200 Raman
spectra in a 50 x 50 pm scan range and integrating the intensity of the CH stretching
band of PMMA at around 3000 cm™!. Excitation power was 20 mW at 532 nm using
a 100x, NA =0.9 objective.

Figure 3.6(a) was obtained with a standard back-illuminated (BI) CCD using
a 62-kHz readout amplifier and 36 ms integration time per spectrum. With a little
imagination, the scratch in the center of the image is barely visible, but the S/N
ratio is much smaller than 1.

Figure 3.6(b) shows the same part of the sample imaged with an EMCCD with a
gain of approximately 600. The image shows nearly the same S/N, but now the

“normal” BI-CCD EM-CCD EM-CCD

3ms . 3.6ms - 36ms

d)

PMMA contamination

7.1nm PMMA + 4.2nm contamination on glass

Fig. 3.6 Confocal Raman images of a 7.1-nm PMMA layer on glass obtained at the CH stretch-
ing band around 2950 cm~!: (a) back-illuminated CCD, (b, ¢) EMCCD. Scale bar: 10 wm. (d)
Schematic of the sample
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Fig. 3.7 Comparison of confocal Raman images acquired with different settings of the EMCCD
gain

integration time was only 3.6 ms, 10 times faster than in Fig. 3.6(a). The com-
plete image acquisition took 25 min for Fig. 3.6(a), but only 3.4 min for Fig. 3.6(b).
Figure 3.6(c) was taken with the EMCCD, though now with the same integration
time as in Fig. 3.6(a). One can clearly see not only the scratch but also the contam-
ination in the form of a needle-like structure across the PMMA and glass surface
which will be discussed later. Figure 3.6(d) shows a sketch of the sample.

For the next images, the sample was turned upside down and an oil-immersion
objective with NA = 1.4 was used. The integration time was 7 ms/spectrum resulting
in a total acquisition time of only 5.4 min (including 0.3 s/line for the back scan).
Figure 3.7 shows 12 images acquired under the same conditions with different gain
settings ranging from 16x to 1000x.

Again, the signal around the CH stretching band was integrated to obtain the
images. As one can see, the S/N ratio strongly increases up to a gain setting
of about 200x. Above this, no further improvement in S/N is visible in the
images.

In Fig. 3.8, the S/N ratio of the signal from the CH stretching band of the
PMMA is plotted against the EMCCD gain. The standard deviation of the signal
was interpreted as noise. As one can see, the signal increases up to a gain of 300x,
which appears to be the optimum setting. Above this value, the S/N value slightly
decreases again. Using the appropriate gain factor, the overall improvement is more
than a factor of 5.

Due to the limited confocal depth resolution, none of the spectra obtained was a
pure PMMA spectrum or a pure spectrum of the contamination layer. However,
by averaging all spectra acquired in the area of the scratch with no contamina-
tion present, a pure glass spectrum was obtained. By subsequent subtraction of
the glass spectrum from the PMMA spectrum as well as from the spectrum of the
contamination, pure PMMA and contamination spectra could be calculated. These
spectra were used for a basis analysis in which each measured spectrum is fitted
as a linear combination of basic spectra [7, 8]. Using this technique, three images
with the distribution of the three components (glass, PMMA, and contamination)
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Fig. 3.9 Confocal Raman
image of a 7.1-nm PMMA
layer (red) and a 4.2-nm
contamination layer (green)
on glass (blue). 200x200
spectra, 7 ms integration time
per spectrum. Total
acquisition time: 5.4 min
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could be obtained which were then color coded (blue = glass, red = PMMA, and
green = contamination) to visualize their distribution (Fig. 3.9).

Figure 3.10 shows the spectra of the different components. From this, the green
spectrum (contamination) could be easily identified as an alkane spectrum.

The sample was prepared for the AFM thickness investigation several weeks
before the Raman measurement and stored in a polystyrene (PS) container. These
PS containers are produced by injection molding and alkane is used to coat the mold
for better separation. As the sample was stored (perhaps in a warm environment),
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Fig. 3.10 Raman spectra as calculated from the Raman measurement in Fig. 3.9

part of the alkane evaporated and condensed onto the sample, which explains the
needle-like structure and the fact that the coating also covers the scratch.

The maximum peak intensity of the PMMA band at 2950 cm™! in Fig. 3.10 is
28 counts. The signal integrated over the complete CH stretching region (about
330cm™! or 150 pixels) is 1965 counts. The EM gain for this measurement was
about 600x, so the 1965 counts correspond to only 98 electrons (109 photons)
total. This corresponds to an average of 0.65 electrons (0.7 photons)/pixel and
1.4 photons maximum per CCD pixel in each spectrum recorded. This is possi-
ble because approximately 20,000 spectra were averaged to calculate the PMMA
spectrum shown in Fig. 3.10, so the overall signal is 20,000 times greater. However,
only spectra in which PMMA could be detected were taken. For this, the signal
per spectrum must be strong enough to show the distribution of the PMMA in the
Raman image, which enables one to select the correct spectra for averaging. As can
be seen from Fig. 3.7, 0.7 photons/EMCCD pixel are more than enough to visualize
the distribution of the PMMA layer in this example and to choose the appropriate
spectra for the averaging process.

The result would have been even more impressive if a substrate with no back-
ground signal in the CH stretching regime would have been used. As can be seen
from Fig. 3.10, the glass substrate has a small Raman band with about half of the
signal of PMMA and about one-third of the alkane signal in exactly the same area.
It is obvious that the confocality of the Raman system is crucial for investigating thin
layers. Even with the best confocal setup, the information depth is at least 500 nm,
which means that 500 nm of glass contributes to the Raman signal. As the Raman
signal is proportional to the amount of material, a standard (non-confocal) setup
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would have collected a glass signal more than 300 times greater (170 pm cover
glass thickness), making detection of the thin coating layers impossible, even with
much longer integration times.

3.5 Conclusion

Confocal Raman imaging is an extremely powerful technique that has applications
in a variety of scientific fields. The confocality is important for the suppression of
unwanted fluorescence background as well as backgrounds from substrates which
may otherwise completely mask the signal of a thin coating layer. Good confo-
cality additionally allows depth scans to be performed with a high level of depth
resolution.

Because of the large number of spectra in an image, integration times per spec-
trum must be kept as short as possible. Therefore, the system as a whole should
be optimized for the highest throughput to maximize the S/N ratio in the spectra
obtained. The large number of spectra helps to obtain high-quality spectra even if a
single spectrum might contain hardly any signal.

Using an EMCCD, the spectra can be kept nearly shot noise limited even at
extremely low signal levels. The distribution of a 7.1-nm PMMA as well as a 4.2-nm
alkane layer on a glass substrate could be easily detected and identified with an
integration time of only 7 ms/spectrum. This reduced the overall acquisition time to
a total of only 5.4 min for a 200 x 200 (=40,000) spectra confocal Raman image.
The diffraction-limited spatial resolution in this confocal image was 230 nm using a
NA = 1.4 oil-immersion objective at 532 nm excitation. For very small signals that
are dominated by the CCD’s readout noise, the use of an EMCCD can improve the
S/N ratio by a factor of more than 10 compared to the best available standard CCDs,
while for larger signals the electron-multiplying circuit can simply be switched off
and all properties of a standard (back-illuminated) CCD remain.
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Chapter 4
Software Requirements and Data Analysis
in Confocal Raman Microscopy

Thomas Dieing and Wolfram Ibach

Abstract In confocal Raman microscopy experiments, tens of thousands of spectra
are commonly acquired in each measurement. Every spectrum carries a wealth of
information on the material at the position where the spectrum is recorded. From
each of these spectra the relevant information can be extracted to allow, i.e., the
determination of the various phases present in the sample or variations in the strain
state. For this purpose, the spectra need to be prepared (i.e., background subtraction)
before the relevant information can be extracted using appropriate filters and algo-
rithms. This information can then be visualized as an image, which can be further
processed and exported for the presentation of the results of the experiment.

In this chapter, the requirements of the software in terms of handling the data
streams and maintaining the spatial and spectral correlation between the spectra
and the created images are illustrated. Spectral data processing features, simple and
multi-variant algorithms for image creation as well as advanced data processing
features are discussed.

4.1 Introduction

In the previous chapters the theoretical background as well as the instrumentation
requirements for a confocal Raman microscope were illustrated. In addition to the
hardware, software enabling the data handling and analysis plays a crucial role in
enabling the acquisition and presentation of results of confocal Raman data.

Generally, the software included with commercially available confocal Raman
microscopes facilitates data acquisition as well as data evaluation to varying degrees.
Other software available on the market is purely focused on data evaluation.

The requirements for the software for data acquisition are described in Sect. 4.2
before a general description of the data sets acquired in confocal Raman microscopy
experiments is presented in Sect. 4.3.

Once the data are acquired, it can be treated in various ways. In most cases, a pre-
processing will first take place such as cosmic ray removal, background subtraction,
or smoothing of the spectra. These are usually applied to both single spectra as
well as multi-spectral data sets and are described in Sect. 4.4. Multi-spectral data
sets are then commonly evaluated further to extract the information in a way that
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it can be displayed. For data sets originating from confocal Raman microscopy
experiments, where at each image pixel a full spectrum was recorded, this evalu-
ation will result in an image. This image generation can be performed using either
single-variant or multi-variant methods. The resulting images and masks can then
be evaluated further in combination with the multi-spectral data sets in order to
obtain, for example, average spectra originating from certain areas on the sample.
Combining the information contained in single spectra with the multi-spectral data
sets allows further enhancement of the image contrast. These steps are described in
Sects. 4.5-4.7. Combining the images generated allows the information contained
in various images to be displayed in one multi-colored image (Sect. 4.8). From these
images, phase separation and/or mixing can easily be identified.

In Sect. 4.9 it will be illustrated that even very noisy spectra acquired with
extremely little signal can be treated through the described methods to extract the
relevant information and obtain images with excellent contrast.

All the above-mentioned data processing techniques will be shown using a few
sample systems which are introduced together with the acquisition parameters in
Sect. 4.10.

4.2 Requirements for Data Acquisition Software

The requirements for any data acquisition software for confocal Raman microscopy
are extensive. The main tasks can, however, be sorted into several groups, which
will be described in the following.

4.2.1 Data Acquisition

4.2.1.1 Acquisition of Spectra

For the acquisition of spectral data the software must first read and store the data
acquired by the spectroscopic CCD camera. While this may at first appear straight-
forward, it can already pose some significant challenges for the software.

Consider a spectroscopic CCD camera with 1600 x 200 pixels. Such cameras can
be readout in a full vertical binning mode, by reading out only a certain region of
interest or by reading out the entire chip as an image. The first cases, however, allow
a significantly faster readout. A single spectrum readout from such a CCD camera
will in this case consist of 2 x 1600 integer values (pixel number and intensity),
which corresponds to a size of 2x 1600 x 2 bytes/integer = 6400 bytes per spectrum.

State-of-the-art CCD cameras such as EMCCDs can acquire single spectra in
extremely short times (i.e., 0.76 ms has already been demonstrated [1]). This cor-
responds to more than 1300 spectra/s. The software must therefore be capable of
handling this data stream of 1300 spectra/s x 6400 bytes/spectrum ~ 7.9 MB/s.
The challenge for the data acquisition software is that most modern cameras are
connected to the PC via USB and thus the data stream needs to be handled by the
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processor which at the same time needs to be able to manage all other tasks for the
control of the microscope. Additionally, the data stream must be handled in a way
that allows data acquisition without interruptions. If the software needs pauses after
a certain number of acquired spectra to process and/or store the data, the advantage
of the fast data acquisition is lost.

If the entire CCD chip of the camera must be readout (i.e., due to the necessity
to acquire a reference, calibration spectrum with each spectrum recorded) the data
stream would multiply by the vertical size of the chip (200 in the example above)
thus lowering the maximum acquisition speed significantly.

An additional challenge for the software is memory space required by the spectra
recorded. If, for example, a Raman image of 512 x 512 spectra is recorded, this
results in a data amount of

512 x 512 spectra x 6400 byte/spectrum = 1.56 GB

This is only the amount for one layer. Note also that once data processing starts, the
data are typically transformed from integer to double precision to increase the accu-
racy of the calculations. This almost triples the storage space needed per spectrum.
Luckily, however, such a high resolution is not always necessary and due to the time
taken per Raman spectrum is often impractical. Therefore a resolution in the range
of 150 x 150 pixels is generally sufficient.

Adding to the issue of memory space is that many analysis methods such as
multivariate analysis require a substantial additional amount. Programmers must
therefore balance computation time against available memory.

4.2.1.2 Control of the Microscope and Sample Positioning

In addition to the acquisition of the spectra discussed in the previous section, the
software also needs to control all other parameters of the microscope. These are,
but are not limited to, the control of the positioning of the grating within the spec-
trometer as well as the control over the position at which the spectra are recorded.
The latter is done either by moving the sample through the focused laser spot or by
moving the laser spot itself. In order to achieve high-resolution images it is neces-
sary to perform this positioning with a high level of accuracy from both the control
electronics as well as the controlling software. The software should also allow the
acquisition of white light images at the position where measurements are taken. For
high-resolution objectives, the field of view is sometimes small compared to the
desired measurement area. In these cases it is advantageous if the software allows
automated stitching of white light image in order to obtain an overview image.

4.2.2 Correlation of Spatial and Spectral Data

Apart from the above-discussed data acquisition, the software needs to establish
correlations between and among the data acquired. For example, the software should
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be capable of indicating where the spectra were recorded on the bitmap acquired
from the white light image. Also, after the generation of a confocal Raman image
though, i.e., an integral filter over a certain spectral region, the software needs to
allow the display of the spectra at each position of the image by a simple mouse
click to facilitate the analysis. Additionally, if spectra were taken with different
gratings (and thus different spectral resolutions), the software needs to be able to
correlate these spectra with each other. Figure 4.1 displays these correlations using
the example of several measurements on a polymer blend sample (PS-PMMA on
glass).
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Fig. 4.1 Spectral and spatial correlation within the data acquisition software. The spectra recorded
(a, ¢, e) are linked to the position where they are recorded as indicated by the yellow and blue
crosses. The spatial correlation between the video image (b) and the confocal Raman image (d) is
indicated by the red box. Additionally, the spectral axes are correlated for spectra recorded with
different gratings as indicated by the green bar for a spectrum recorded using a 600 g/mm grating
(a) and an 1800 g/mm grating (c). (e) One of the spectra recorded for the confocal Raman image
(d) and its position correlation (blue cross) is shown
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4.3 Description of the Data Sets Acquired in Confocal
Raman Microscopy

Data acquired in confocal Raman measurements are generally five or even six
dimensional. The dimensions are

e The spatial X, Y, and Z coordinates of the point where the spectrum was recorded
(typically given in pm).

e The spectral position given as the wave number (cm™!), relative wave number
(rel. cm™1), or wavelength (typically given in nm).

e the intensity recorded at this spatial and spectral position (typically given in CCD
counts or counts per second [cps]).

e Time may also be present as a sixth dimension.

Such a data set is sometimes referred to as a hyperspectral data set.

Individual spectra can of course be displayed in a straightforward way (intensity
vs. spectral position) with the coordinates (and time if applicable) added in writing.

Displaying data sets containing more than one spectrum, however, becomes more
complicated. Line scans (spectra collected along a single line) as well as time series
(spectra recorded at the same position as a function of time) are sometimes displayed
in a so-called waterfall display as shown in Fig. 4.2.

For confocal Raman image scans, an entire Raman spectrum is collected at every
image point. A confocal Raman image scan consisting of 256x256 points will
therefore contain 256 x 256 = 65, 536 individual spectra. One may distinguish
between a single image scan, in which the spectra are recorded in one layer in
three-dimensional space, and a multi-layered or stack scan, in which several parallel
layers offset by a specific distance are recorded.

In either case, the information contained within each spectrum needs to be
reduced to a single value, which will then determine the coloring of the pixel at
this position (see also Sect. 4.5).
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Fig. 4.2 Display of a line scan recorded along the line represented in red in the video image (b) in
the form of a waterfall plot (a)
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In the case of an image stack one can then display each layer of the stack
individually or combine them with software in order to display the distribution
in three dimensions. Some examples of this can be found in Chap. 12 by Thomas
Wermelinger and Ralph Spolenak.

4.4 Pre-processing of Raman Spectra

Pre-processing of Raman spectra refers to the treatment of the Raman spectra before
the generation of images or final presentation of the spectra. The steps described
below are universal to spectra recorded and should generally be followed before
any further processing.

4.4.1 Cosmic Ray Removal

Cosmic rays are high-energy particles from outer space which interact with atoms
and molecules in the Earth’s atmosphere. Due to their high energy, a large number
(often called a shower) of particles are generated upon this impact which are mainly
charged mesons. These quickly decay into muons. Due to their relativistic speeds
(and thus the time dilation) some of these muons reach the surface of the Earth.
Despite this exact reaction path, the term “cosmic ray” is also used (even if not
100% correct) for the muons interacting with devices on the Earth’s surface and for
simplicity, this term will be used in the following as well.
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Fig. 4.3 Cosmic ray removal. The red spectrum was recorded with a short integration time and
shows two cosmic rays near 3000 cm™!. The blue spectrum is the same as the red, but after having
undergone cosmic ray removal, and the black spectrum is the spectrum of this component (PMMA)
recorded with a longer integration time for a better signal to noise ratio
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If such a cosmic ray hits a CCD detector it will generate a false signal in the
shape of a very sharp peak in the spectrum that is not related to the Raman signal.
An example can be seen in red in Fig. 4.3.

Cosmic rays can be filtered out as shown in Fig. 4.3 and described below.
There is, however, also the possibility to minimize the amount of cosmic rays
recorded through the readout method of the CCD camera. As already described
in Sect.4.2.1.1, one method is the full vertical binning mode, which is the fastest
readout method. In this case, all pixels are used even though typically only a few
percent of the pixels are exposed to the Raman signal. If one limits the readout to
the few lines in the detector at which the Raman photons hit the CCD camera, one
typically excludes more than 90% of the pixels from the readout. This will of course
reduce the probability of recording a cosmic ray. The disadvantages of this method
is that it is a slower readout method and that during the readout, the light hitting
the camera cannot be recorded. This method is therefore recommended for single
spectra, whereas for Raman imaging it is not very suitable.

Once the spectra are recorded, various mathematical methods can be used to
filter the cosmic rays from the spectra. In these, two principal approaches can be
distinguished. These will be discussed in the following.

4.4.1.1 Spectral Cosmic Ray Removal

Filtering spectra in the spectral domain for cosmic rays has the advantage that this
method works for true, one-shot exposures as well as for multiple accumulations,
time series, or Raman image scans.

The principle of this method is that each pixel is compared to its adjacent pixels
and if it exceeds a certain threshold, then it is identified as a cosmic ray. This method
is heavily dependent on the size of the filter (= the number of adjacent pixels taken
into account) and the threshold (or multiplicative factor). Therefore, any spectro-
scopic software should allow the adjustment of these values as well as the preview
of the resulting spectrum to allow the user to select the correct parameters.

While this method can be problematic when using very sharp atomic emission
lines, it works very well for Raman spectra in which (with only few exceptions)
the natural line widths (FWHM) are typically >3 cm~!. Additionally, Raman lines
typically display a relative broad base of the peaks similar to Lorentzian curves.
The Raman lines therefore have a certain rise, which is beneficial for this type
of detection algorithm. It of course also depends on the spectral resolution of the
spectrometer used.

Other methods for cosmic ray removal involving further computational methods
are reviewed in the literature (i.e., [2]), but discussing these would exceed the scope
of this chapter.

4.4.1.2 Temporal Cosmic Ray Removal

Removal of cosmic rays based on variations over time is also a very popular method.
In this case spectra recorded one after another are compared and each pixel is
compared to its variation in the time domain.



68 T. Dieing and W. Ibach

This method works well when evaluating single spectra with various acquisi-
tions on the same position. It requires that there are only negligible changes from
spectrum to spectrum. If the sample changes its spectral signature in a rapid way (for
example, due to a chemical process taking place), the usage of this type of algorithm
is problematic.

For confocal Raman imaging data sets, this method can also be applied. The user
must be aware that in this case the spectra are recorded not only at different times
but also at different spatial positions. In this case it additionally depends on the
compositional variation of the sample compared to the resolution of the scan. If the
changes from spectrum to spectrum are too dramatic, one faces again the problem
that the algorithm might filter out real peaks.

4.4.2 Smoothing

Smoothing is a common practice used to reduce the noise potentially associated
with a recorded spectrum.

Most smoothing algorithms rely on the fact that spectral data (in our case Raman)
are assumed to vary somewhat gradually when going from spectral data point to data
point, whereas noise associated with the spectrum typically changes very quickly.
In this case, it can be useful to replace each value by a value calculated from the
surrounding values in order to reduce the noise. Therefore, most filters for this
purpose can be considered as low pass filters. Independent of the filter used, care
must be taken in order to avoid alteration of the true Raman signal. Overly exten-
sive smoothing, for example, will result in a “smearing” of the Raman peaks, thus
altering their height and/or width. Additionally, small shoulder peaks might be lost.

The various filters which can be applied to the data essentially differ most sig-
nificantly in the way that the replacement value is calculated. Most filters will allow
the definition of how many values are taken into account around the value to be
replaced. The software should allow the user a preview of the results in order to
facilitate the choice of parameters.

The following filters are a typical selection of those used to smooth spectral
data:

1. Moving average This filter is arguably the simplest filter for smoothing. For this
filter a definable number of values to the left and right of the current value are
averaged and the current value is replaced. Then this “window” moves to the
next value and so on. For very slow changing signals (as might be the case in
photoluminescence [PL]) this filter can be suitable.

2. Weighted average This filter differs from the Moving Average in that it does not
take each value with the same weight, but multiplies each one with a binomial
weighting factor or a Gaussian distribution. Table 4.1 shows the distribution of
the binomial coefficients for the average calculation for various filter sizes. This
filter ensures that the resulting value is closer to the real value as compared to
the Moving Average filter even if the signal is changing more rapidly.
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Table 4.1 Matrices for the graph average filter

Filter size Range Filter coefficients

! 3 2,1

2 5 L(1,4,6,4,1)

3 7 4(1,6,15,20, 15,6, 1)

4 9 ,L(1,8,28,56,70, 56,28, 8. 1)

3. Median The median filter is generally less influenced by single data points that
fall out of range of the “normal” signal. For example, if a cosmic ray is within the
search window, the median filter will be less influenced by this than an average
filter. This filter is a good choice for removing spikes in a line graph without
heavy rounding of the edges of Raman peaks.

4. Savitzky — Golay The Savitzky — Golay filter (sometimes also known as DISPO
(Digital Smoothing Polynomial) filter) essentially uses the surrounding values in
a weighted way and fits a polynomial through these points in order to determine
the “fitted” value at the current position. While the smoothing of this filter will
not be as strong as, for example, a Moving Average filter, it will smooth the
data considerably while largely maintaining the curve shape (peak width, peak
intensities,...). A detailed discussion of the functionality as well as examples
of this filter can be found in [3]. This filter has the additional advantage of
allowing the calculation of the derivative of the spectrum, which can be use-
ful for peak location (see black vertical lines in Fig.4.4). Figure 4.4 shows
an example of the usage of the Savitzky — Golay filter. The use of this fil-
ter is especially recommended if the widths of the peaks in the spectrum are
comparable.

5. Wavelet transformation techniques Wavelet transformation is a mathematical
technique somewhat similar to Fourier transformation but with the advantage
that both time and frequency information are maintained. Wavelets consist essen-
tially of a family of basic functions which can be used to model the signal.
Each level of the wavelet decomposition will result in an approximation and
a detail result. The approximation result is then used as the basis for the next
decomposition and this is repeated until a defined threshold. By using the correct
combination of the detail results (one available per decomposition level) and the
approximation result (only the last one is typically used here) one can perform
the reconstruction (or inverse discrete wavelet transformation [IDWT]) to obtain
a spectrum with either a strong noise reduction, a removed background or both.
More detailed descriptions as well as some illustrative examples can be found in
[4,5].

6. Maximum entropy filter The maximum entropy method uses the fact that certain
aspects of the instrument functionality are known. Through this, neighboring
pixels in a spectrum are not statistically independent anymore and a filtering of
these values is therefore possible.
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Fig. 4.4 Effect of the Savitzky — Golay filter. The black points in the top spectrum correspond to
the data points recorded from the CCD camera (background subtracted) and the red line shows the
spectrum after smoothing using the Savitzky — Golay filter. The blue curve in the bottom is the
derivative of the spectrum obtained through the Savitzky — Golay filter

4.4.2.1 Smoothing in Raman Imaging

The filters discussed above can be applied to single spectra as well as to entire
spectral data sets. In the case of Raman imaging, the experimenter can also take
the spatial correlation between various spectra into account. In other words: for
pure spectral filtering only the spectrally neighboring pixels are taken into account,
whereas for Raman imaging, the spatially neighboring pixels may also be used. This
is especially true for the case of the Median and Average filters.

Images generated from Raman data (see Sect. 4.5) can also be smoothed through
filters and here Median and Average filters (in two dimensions) are the most promi-
nent, but Fourier space filtering can also be employed.

4.4.3 Background Substraction and Subtraction
of Reference Spectra

Any Raman spectra read from a CCD camera show some background signal. The
sources of the background can be divided into two main categories, and the recom-
mended removal of this background may differ somewhat. These two categories as
well as the respective background removal are described below.

4.4.3.1 Background Originating from the CCD Camera

A CCD camera generally adds a DC voltage to the detected signal in order to ensure
that the A/D converter, which converts the analog charge into a digital signal, will
not receive a negative voltage due to noise. This results in a constant background of
typically a few hundred to a few thousand CCD counts.

Most cameras additionally have a slight non-linear background due to inhomo-
geneities in the chip itself or a non-homogenous cooling of the CCD chip.
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Removal of a Background Originating from the CCD Camera

The constant background originating from the CCD camera can be subtracted quite
easily by subtracting the constant value added by the camera. One can, for example,
find this value by averaging the part where the Raman edge filter is still blocking
the signal but no Rayleigh peak is present.

The non-linear background of the CCD camera is best eliminated by the sub-
traction of a reference or a “dark” spectrum. A dark spectrum is ideally recorded
using exactly the same integration parameters as were used for the recoding of the
Raman spectrum. To minimize the noise of the “dark™ spectrum, it is recommended
to record it with the same integration time as the Raman spectrum, but to use many
accumulations using this integration time. The software then needs to offer a simple
functionality to calculate [Raman spectrum] — [dark spectrum]. However, the
raw data should still be available to the user.

4.4.3.2 True Signal Background

There are very few “real-world” materials that will show a complete zero back-
ground in their Raman spectrum. Good confocality of the system, however, will
largely reduce this background as described in the earlier chapters. Nevertheless, a
remaining background such as fluorescence or some signal from the substrate often
underlies the Raman spectrum.

Removal of Signal Background

There are several ways to subtract the background from the recorded spectrum.
Some of the most prominent are

Single-pass polynomial background subtraction
For this type of background subtraction, a polynomial needs to be fitted to the
spectrum and subtracted. Care must be taken to ensure, however, that the regions
of the spectrum containing Raman peaks are not included in the values used to
calculate the fit of the polynomial. This selection can either be done automatically
through a peak recognition routine or manually through defining the regions in
the spectrum where no peaks are present. The order of the polynomial is then
the next variable which needs to be adjusted. Using a very high (i.e., ninth order)
polynomial often fits the data well at first glace, but will often introduce “wave”
-like artifact oscillations around the O value of the background. Using an order
that is too low, on the other hand, might not allow the polynomial to follow the
spectrum closely enough.

Moving average background subtraction
The calculation of the moving average was already described in Sect. 4.4.2. Using
this method for background subtraction essentially calculates the moving average
of definable regions, which should be the ones without Raman peaks. For the
regions in which there are peaks, an interpolation between the points is calculated.
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This resulting curve is then subtracted. Using this method, great care must be
taken to ensure that no relevant information of the spectrum is altered.
Wavelet transformation techniques

The principles of wavelet transformation techniques have already been described
in Sect.4.4.2. Through the appropriate combination of the detail results (one
available per decomposition level) and the approximation result (only the last one
is typically used here) one can subtract the background. In this the approximation
result is generally omitted from the reconstruction.

4.5 Image Generation

Confocal Raman imaging data sets (as described in Sect. 4.3) are typically five to
six dimensional and thus the dimensionality needs to be reduced in order to display
the information. As stated earlier, the dimensions are X,Y,Z, wave number, intensity,
and time.

Considering a typical Raman image, which is a single scan along one plane, the
dimensionality reduces to the two directions of the plane (let us assume X and Y for
simplicity), the wave number and the intensity. While this is still a four-dimensional
data set, we can in a quite straightforward way display the information from this.

For the image generation two main methods may be distinguished: univariate
and multivariate analysis. The primary difference is that for a univariate analysis
one spectrum at a time is evaluated and used for the generation of one data point per
resulting image. Here the surrounding points also are considered for the value of the
current pixel. In contrast to this all spectra in the data set play a role for each data
point in the case of the multivariate data analysis. Typical univariate and multivariate
methods will be described in the following sections.

4.5.1 Univariate Image Generation

As stated above, in univariate data analysis, each spectrum determines one value of
the corresponding pixel in the image or the images. The value of these pixels can be
determined by simple filters or by fitting procedures.

4.5.1.1 Simple Filters

Simple filters typically evaluate a certain part of the spectrum. Figure 4.5 shows an
example of an integrated intensity (sum) filter evaluating the integrated intensity of
various specific peaks found in the image scan of an oil — water — alkane immersion.
The resulting images (Fig. 4.5c—e) show in more brightly colored areas the high
intensities of these peaks and in darker colored areas the low intensities. Other types
of filters can evaluate, for example, the peak width or the peak position and display
this as an image.
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Fig. 4.5 Usage of an integrated intensity filter with an oil — water — alkane immersion. The spectra
(a) are integrated in three different spectral areas. The water peak (blue) is evaluated without back-
ground subtraction and results in image (c¢). The oil peak is integrated as shown in green with the
pixels adjacent to the higher wave number side of the peak used as the background level and results
in image (d). The alkane is using pixels to the left and right of the integration area for background
calculation (red) and results in image (e). Image (b) shows the combined image of (c), (d), and (e)

It should be noted that many of the filters used allow the extraction of a large
amount of information from the data. However, there is also the danger of misinter-
pretation. The list below shows some typical simple filters and their usage as well
as considerations which should be taken into account to avoid misinterpretations.

e Integrated intensity filter (sum filter)
Information content:
A typical measure of the amount and scattering strength of a certain material
within the focus.
Misinterpretation dangers:

— Other materials present in the sample might also have peaks at this position.
— The amount of material between the objective and the focal point might change
and this would also have an influence on the absolute intensity of the peak.

— The polarization direction of the laser relative to the structure can also have an
influence on this peak intensity.

— If the software does not provide good background subtraction methods, then
changes in the background can influence the result.
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e Peak width (i.e., FWHM)

Information content:
A measure of the crystallinity and the structural orientation relative to the
polarization direction of the laser. Also, inhomogeneous peak broadening can
occur in samples under stress for example.

Misinterpretation dangers:

— Non-resolved shoulder peaks can influence this result.
— If the software does not provide good background subtraction methods, then
changes in the background can influence the result.

e Peak position (i.e., center of mass position)
Information content:
A measure for the strain within a material and for the general chemical neigh-
borhood of the molecule
Misinterpretation dangers:

— Non-resolved shoulder peaks can influence this result
— If the software does not provide good background subtraction methods, then
changes in the background can influence the result.

Simple filters have the advantage of being relatively low in processor load and
thus they can be applied during ongoing data acquisition.

4.5.1.2 Fitting Filters

Fitting filters are a more sophisticated way of extracting the information required
from the spectra. In this case the peaks of the spectra are fitted with polymeric or
peak functions. Depending on the state (solid, liquid, or gas) and the environment
of the molecules observed by Raman spectroscopy, the line shape of the emitted
Raman line can lie anywhere between a Gaussian and a Lorentzian curve.

Voigt curves represent a convolution between Lorentzian and Gaussian curves
and pseudo-Voigt curves are calculated by

m, X Gauss + (1 —m,) x Lorentzian

Here m,, is the profile shape factor. Pseudo-Voigt curves can be additionally differ-
entiated in the degree of freedom of the FWHM (identical for Gauss and Lorenz or
variable).

In addition to the above-discussed mixture of Lorentzian and Gaussian line pro-
files, the Raman curves may also be distorted by the local sample environment.
Instrument functions will play an additional role. The change of the signal due to
these instrument functions is heavily dependent on the microscope and spectrometer
design [6] and it will depend on the instrument if this needs to be taken into account
for peak fitting.
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Table 4.2 Fitting filters for spectral data

Filter Information content
Linear fit — Slope

— Offset
Quadratric fit — Peak position

— Curvature

— Peak intensity

Gaussian fit — Peak position
— Width
— Integrated intensity
— Offset

Lorentzian fit — Peak position
— Width
— Integrated intensity
— Offset
Pseudo-Voigt fit — Peak position
— Width (Gaussian and Lorentzian)
— Integrated intensity
— Offset
— Profile shape factor

For these reasons, there is not one perfect peak function which can be used to
perfectly match all Raman peaks. Table 4.2 shows some common fitting filters and
which information can be obtained through them.

As can be seen from Table 4.2, all of the filters listed deliver more than one
result per curve fitted. Therefore, the results after applying such filters to a confocal
Raman image data set are multiple images as can be seen in Fig. 4.6. In addition
to the results described in Table 4.2, the software should provide an error image in
order to allow the user to quickly determine if the fitting error in a certain region
is larger due to, for example, a line distortion. In Fig. 4.6 a confocal Raman image
was recorded of a Vickers indent in Si and the resulting spectra were fitted using a
Lorentzian function. The peak shift as well as the broadening can clearly be seen
from the spectra (Fig. 4.6a) as well as from the images (Fig. 4.6b and c).

4.5.2 Multivariate Image Generation

As mentioned in a previous section, multivariate image generation uses the infor-
mation of the entire hyperspectral data set for the determination of the value (and
thus the color) of each image pixel. In the following the two most commonly used
multivariate data analysis methods for the analysis of Raman spectra are presented.
First the so-called Principal Component Analysis is discussed. This method is used
not only for image generation but also for data reduction and distinction of sample
properties based on the principal components.

The second method described is the Cluster Analysis which can be used for direct
image generation or average calculation for further data analysis (see, for example,
Sect. 4.7).



76 T. Dieing and W. Ibach

a) 1500 | -
1250 |
1000 |

750 -

Intensity [cts]

500

250

T T .
475 500 525 550
Raman shift [1/cm]

521 )

32

£
o
~
i

Fig. 4.6 Lorentzian fitting of first-order Si peaks around a Vickers indent. The spectra (a) are
extracted from the points indicated by the corresponding colors in the images. (b) Shows the
position of the first-order Si peaks and (c¢) shows the width of the line. Both are results from a
Lorentzian fit

Vertex component analysis (VCA) is another multivariate method which finds
the most dissimilar spectra in the data set as described in Chap.7 by Christian
Matthius et al.

4.5.2.1 Principal Component Analysis

Principal component analysis (PCA) was first proposed in 1901 by Karl Pearson
[7]. However, only the use of computers allowed its usage as we know it today
due to the large computational effort required by the method. PCA is the under-
lying method for many other multivariate methods since it is very effective for
data reduction. In this way a spectrum consisting of 1600 pixels and thus 1600
dimensions can often be reduced to approximately 4—6 dimensions. In some cases,
this is then also the number of different components in the sample, since all the
other spectra are a linear combination of the pure component spectra (see also
Sect. 4.7).
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In the following this reduction is explained in a greatly simplified way. The user
is referred to, for example, [8, 9] for further reading and detailed explanation of the
method.

Principal Function of the PCA

If we assume a single spectrum consisting of 1600 pixels, then this spectrum can be
described as a single point in 1600-dimensional space. Each of the CCD pixels is one
axis and the value recorded at this CCD pixel is the value along this axis. If we now
look at a confocal Raman image, then we might have, for example, 150 x 150 (=
22,500) spectra and we will thus have 22,500 points in our 1600-dimensional space.

Now let us consider a Raman peak which is present in some of the spectra. As
most Raman peaks are significantly wider than a single pixel (at least using the
commonly used spectrometers and gratings) the pixels describing this peak are not
statistically independent. Furthermore, most Raman spectra consist of more than
one peak. Therefore the pixels which will increase if such a Raman spectrum is
recorded are linked. In our 1600 dimensional space, this corresponds to a certain
direction. Analyzing the entire data set will result in a variety of such directions.
These directions describe a subspace in the 1600- dimensional space wherein all
spectra can be found. These directions are orthogonal to each other, but cannot be
identified as pure components, since, for example, they might point in the negative
direction.

Each of those directions has a certain Eigenvalue associated with it and the value
depends on the amount of variation within the data set explained by this direction.
There is a strong spread in their value and some might be hundreds of times the
value of others. Sorting them by value allows the quick determination of the rele-
vant directions (= the principal components). If the sample consists, for example,
of three components, then three principal components should describe the data set
sufficiently, while the other directions should then only describe noise.

Noise and PCA

PCA can only work if the data set is not dominated by noise. Otherwise, even
the principal components with the highest Eigenvalues will only describe noise.
Figure 4.7 illustrates this for a simple two-dimensional example. Figure 4.7(a)
shows a data set with two principal components PC; and PC, which perfectly
describe the data set.

From the noise-dominated image in Fig. 4.7(b) it is obvious that no such principal
components (or directions) can be defined, because for the noise-dominated data set
all directions are equally good or bad.

Results from a PCA

Following the PCA, one can extract a variety of results. The most commonly used
for the analysis of confocal Raman data are
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Fig. 4.7 Principal components of a typical two-dimensional data set (a) Noise-dominated data set
in which principal components can no longer be found (b)

Reduced data set
Each of the 22,500 spectra used for the PCA is now described through principal
components. As mentioned above a relatively small number of components is
sufficient to describe the spectrum clearly. We can therefore export these “spectra
of components” which now consist of only a few pixels instead of 1600 at each
image pixel and use this for further investigation such as cluster analysis, which
will then be much faster.

Images of the principal components
Each of the spectra used for the analysis can be described by a weighted com-
bination of the principal components. If we now consider only one component,
then this will result in one value per image pixel and we can of course display
this, which then corresponds to the Raman image describing the abundance of a
certain spectrum (direction) within the data set.

Reconstructed spectra from the principal components
If we calculate the spectra using, for example, only five components, then we will
find spectra with much lower noise. Due to the fact that the noise is statistical and
will not be described by one of the first approximately 20 directions, the noise
will be reduced.
Please note here that this is only true if the spectra are recorded with a sufficient
signal to noise ratio (S/N). For a S/N close to 1, no PCA is possible. In this case
the noise would determine the “directions” of the principal components.

Cross correlation plots of various components
If we consider our spectra again and plot a point for each spectrum at a corre-
sponding position in a coordinate system of principal component A vs. principal
component B (or C, D, etc.) we can visualize the correlation between the com-
ponents. We might have clearly separated point clusters, or we might have them
aligned along a diagonal, for example.

4.5.2.2 Cluster Analysis

Cluster analysis applied to confocal Raman images is essentially the sorting of
the tens of thousands of spectra in a data set according to their similarities. As a
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result one gets a certain number of areas or masks which indicate where the spectra
belonging to the various clusters were acquired as well as the average spectra of
each cluster. Other applications also include the identification of bacteria strands
and even their position in their life cycle or the identification of pathogenic cells.

Cluster analysis has the advantage of being an automated and objective method
to find similar regions in spectral data sets. It can, however, require significant pro-
cessing power and time.

There are various ways of clustering the data and each has its advantages and
disadvantages. In the following, some clustering principles are briefly introduced
before two typical clustering methods as well as one variation are described. For
detailed descriptions of cluster analysis, the reader is referred to the literature, for
example, [9].

Distance Calculation in Cluster Analysis

As already introduced in Sect. 4.5.2.1, each spectrum can be seen as a single point in
1600 dimensional space (if the spectra contain 1600 pixels). For a confocal Raman
image, this might be tens of thousands of points and the cluster analysis tries to
group (or cluster) these points. The clustering is mainly dependent on the distance
between the points. Spectra which differ significantly from each other will be fur-
ther apart in the 1600-dimensional space than spectra that are similar or even close
to identical. The distance therefore determines which spectrum belongs to which
cluster.

There are various ways of defining the distance between the spectra. The
Euclidean and the Manhattan distance calculations are but two examples of methods
which work well for Raman imaging.

Care must be taken if some of the spectra in the data set contain a high fluo-
rescence background, because depending on the distance calculation method, the
fluorescence might have a quite strong influence on the clustering. The background
of the spectra should in general be subtracted prior to cluster analysis.

Hierarchical Cluster Analysis

As indicated by the name, hierarchical cluster analysis creates a hierarchy of clus-
ters. This hierarchy is often represented by a tree. In this analog, the trunk repre-
sents the main cluster containing all spectra. Following this, the clusters are split up
into sub-clusters of various sizes (the branches) and these into further sub-clusters
(smaller branches, then twigs, smaller twigs, etc.). The leaves are then the individual
spectra in the data set.

In order to calculate the clusters one either starts at the base cluster and splits this
up (divisive clustering) or with the individual spectra and merges them together
(agglomerative clustering). Now the distance between the clusters must also be
taken into account and there are again a variety of methods to calculate this distance
such as the maximum distance between elements of each cluster, the minimum dis-
tance between elements of each cluster or the mean distance between elements of
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each cluster. Once the cluster tree is calculated the height, or extraction level, must
be defined and from this the masks and average spectra can be extracted.

While this method is almost completely unsupervised (with the exception of the
extraction level) it requires a huge amount of processing power and/or time.

K-Means Cluster Analysis

The K-means cluster analysis is often assigned to the partial clustering meth-
ods. It differs from the hierarchical cluster analysis in that the number of clus-
ters must be selected prior to the clustering. However, the method can also then
be applied to the sub-clusters in order to sort them further into sub-clusters and
thus generate a pseudo-hierarchical cluster tree as shown in Fig. 4.8. Here an
oil — water — alkane immersion is first clustered into three clusters before the three
clusters were again split up into sub-clusters. In this example one can clearly see
the mixed phases which are partly due to edge effects and positions at which the
laser spot hit the boundary between two phases. Note that water does not exist
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Fig. 4.8 K-means cluster analysis of an oil — water — alkane immersion. (a) Cluster tree with
the root cluster on the left, the first level of clusters in the middle, and a further division into
sub-clusters on the right. The sub-clusters each show a mixed phase marked in black. (b) Alkane
spectrum (red) and the mixed phase (black) as extracted from the top two clusters. (¢) Mixed alkane
and water spectrum (blue) and the mixed phase (black) as extracted from the middle two clusters.
The water phase does not exist as a pure phase in this sample. (d) Oil spectrum (green) and the
mixed phase (black) as extracted from the bottom two clusters
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as a pure component in this sample but is always to some degree mixed with the
alkane.

Once the number of clusters (N) is defined for the K-means cluster analysis, the
algorithm first defines N centers in the 1600 dimensional space and assigns each
point (spectrum) the center closest to it. Then the centroid (one might also call it an
average spectrum) for each group is computed. Following this the spectra are again
sorted according to their distance to the calculated centroids and then the procedure
is repeated. The algorithm is typically stopped once the assignment of the points
(spectra) to their group ceases to change.

While this method needs somewhat more supervision than hierarchical clustering
and is heavily dependent on the selection of the N initial centers, it requires much
less processing power. For some commercial confocal Raman microscopes it can
even be applied as an online evaluation tool during confocal Raman measurements
with acquisition speeds of more than 600 spectra/s.

Fuzzy Clustering

In the hierarchical and K -means cluster algorithms, each spectrum either belongs to
a cluster or does not. This is why the image outputs of these algorithms are binary
masks (one for each cluster extracted).

In fuzzy clustering, the spectra can belong “to a certain degree” to a cluster. If
a spectrum 1is located inside the cluster, then it belongs more to this cluster than
one on the edge of it. Image outputs of this algorithm display this variation and are
therefore not binary, but each pixel value typically has a value between 0 and 1 (or
100%).

This method instantly shows gradients in the images due to each pixel now
having a certain probability of belonging to one cluster or another. One can also
interpret this value as a measure of how well the spectrum fits to the corresponding
cluster. However, the resulting clusters cannot be clustered further as is the case for
classical K-means clustering.

4.6 Image Masks and Selective Average Calculation

In order to present the results of a confocal Raman imaging experiment, repre-
sentative or average spectra found in the sample are typically shown. Extract-
ing individual spectra from the data set is often undesirable, because these mea-
surements typically display signal to noise (S/N) ratios which are unsuitable for
presentation.

Therefore, averaging subsets of the data set is generally employed in order to
calculate a smooth average spectrum. The definition of these subsets can be seen
as binary images (masks) with the same pixel resolution as the recorded confocal
Raman image. In these masks each pixel defines if the spectrum recorded at this
position is used for the average calculation or not. This process is sometimes
referred to as selective average calculation.
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The definition of the masks can be performed in various ways:

Manual definition of the pixels
In order to define areas of interest manually, the user should be able to clearly
identify those areas. This can be done through an integral filter and the resulting
image. For example, the bright areas in Fig. 4.1 could be marked. The bright areas
indicate a high PMMA content in this example and the mask could then be used
to calculate the spectrum of PMMA with a good S/N ratio. The user should for
this purpose be able to mark any arbitrary area within the image and define it as
a mask.
While this method is very easy to implement, the major disadvantage is that it
is quite subjective and the user can easily mark areas which contain a different
spectrum. The average spectrum will then not be representative of the true single
component. Additionally, it can be very laborious, if many small domains need to
be marked.

Mask definition through calculation
Not all samples will have clearly defined areas of single components as is the
case in the example shown in Fig. 4.1. It can therefore be desirable to use images
with mathematical and logical operators in order to define the mask. One simple
example is thresholding. In this, each pixel of the image is treated with a “<” or
“>" operator in order to generate the mask. It might furthermore be desirable to
combine these operations using a calculator style interface. The software needs
to enable the user to preview the mask in order to facilitate the calculation. The
masks generated in such a way can then be used again for selective average cal-
culation.
This method facilitates significantly the marking of regions of interest in com-
parison to the manual definition described above. If various components show
relatively strong intensities, it can become necessary to mathematically link sev-
eral images in order to find a single component.

Cluster analysis
The cluster analysis typically generates binary masks as outputs in addition to
the average spectra of the clusters. If the input to the cluster analysis is the result
of a PCA, then the resulting spectra will be the averaged PCA spectra. One can
therefore in this case use the mask output with the original hyperspectral data set
to again calculate the selective average.
This method is certainly the most objective to find the masks. The only disadvan-
tage in this method is that in the case of K-means cluster analysis, small clusters
tend to be included in large ones and can be difficult to extract.

4.7 Combination of Single Spectra with Multi-spectral Data Sets

The fundamentals of image generation were described in the previous section. This
section describes the generation of images based on the fitting of so-called “basis
spectra” to the data set. This procedure produces images with much better contrast
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than if only a small part of the spectrum is used (as is the case when using a sum
filter, for example).

4.7.1 Basis Spectra

Basis spectra can be the spectra of the pure components present in the sample. This
is the ideal case. Care must be taken, however, to record the spectra with exactly the
same settings as used when the confocal Raman image was recorded. Typically the
same integration time and many accumulations are chosen for this in order to obtain
basis spectra with a good S/N ratio. An additional point which should be taken into
consideration is whether the pure component can be present in the sample or if it
might have undergone a chemical reaction to form a new component.

Quite often the pure spectra cannot (easily) be acquired from any arbitrary sam-
ple. In this case the basis spectra should be extracted from the scan. The selective
averaging described in Sect. 4.6 is one method to perform this. Care must be taken
to ensure that the spectra are pure and not mixed themselves. If they are mixed spec-
tra, they need to be de-mixed because the fitting procedure will not work properly
otherwise, as described in the following.

4.7.2 Fitting Procedure

The fitting procedure is essentially fitting each of the spectra recorded using the
basis spectra. It tries to minimize the fitting error D described by the equation

—_— — — 2
D = ([RecordedSpectmm] —a x BSpy —bx BSgp —c x BS¢c — ) 4.1)

by varying the weighting factors a, b, c, ... of the basis spectra BS.

In order to improve such a fit, it is not advisable to use the entire recorded spectral
range (i.e., from —100 to 3500 cm™!). The Rayleigh peak and common parts in
the spectra (such as a glass substrate, for example) are best excluded from the fit.
Additionally, parts of the spectra that do not contain Raman information should not
be taken into account as they only contribute noise.

Following the fit of all the tens of thousands of spectra (using (4.1) for each
spectrum recorded), the algorithm constructs one image for each basis spectrum
showing the factors a, b, c, ... plus one image for the fitting error D.

Care must be taken in order to avoid using mixed spectra as the basis spectra.
If such spectra are used the weighting factors can become negative, or if the fit is
constrained to weighting factors greater than zero, the fit will not work properly.

Figure 4.9 shows an example of basis analysis. Here a thin layer of a PS-PMMA
polymer blend was investigated with very short integration times (4.3 ms). The indi-
vidual spectra were thus relatively noisy as can be seen from the red and blue spectra
in Fig. 4.9(c) and (e).



0
=

T. Dieing and W. Ibach

a) 700
600

‘@ 500

L.

> 400

2 300

]

£ 200
100
0

500 1000 1500 2000 2500 3000
Raman shift [1/cm]

C) 800
700

— 600

)

O, 500

2

5 400

c

o 300

2

[=4

= 200
100

500 1000 1500 2000 2500 3000

Raman shift [1/cm]

()
-~
o
3
8

Intensity [cts]

2000 2500 3000

Raman shift [1/cm]

500 1000 1500

Fig. 4.9 Basis analysis of a PS-PMMA polymer blend. (a) Average spectra used for the fitting
procedure. (c) and (e) Original spectra (red and blue, respectively) and fitted spectra (black) for PS
(red) and PMMA (blue). The original spectra were recorded at the crosses indicated in the images
on the right with the corresponding colors. (b) and (d) Resulting image showing the distribution of
PS [b red frame] and PMMA [d blue frame] following the basis analysis. Brighter colors indicate
a higher fitting factor and thus a higher signal intensity of the basis spectrum at the corresponding
position

Using selectively averaged spectra with a good signal to noise ratio (see Fig. 4.9a)
one can fit the individual, noisy spectra using the information contained within the
entire spectral range. This results in a significant improvement of the S/N ratio and
the contrast of the resulting images (see Fig. 4.9b and d).

4.8 Combination of Various Images
Following the generation of the images from the confocal Raman data, they need to

be presented in a suitable way. If only the distribution of a single component or the
shift of a Raman line need to be presented, then this is relatively straightforward.
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However, if multiple images such as the results of the basis analysis need to
be presented, the number of images can quickly become too large. It might be of
additional interest to see if certain components are present as pure or mixed phases.

In such cases the combination of images is a good way to illustrate the distribu-
tion of components. In Fig. 4.5(b) the distribution of oil, water, and alkane is shown
in green, blue, and red, respectively.

The color scales for each component are first adjusted, so that each component
has an individual color scale (red, green, and blue (RGB) in this case). The images
are then combined. One can combine the images by layering them and making the
upper layers transparent depending on the value of each pixel. Another method is
to combine the colored pixels in an additive way in order to illustrate the mixing of
phases better. The colors are then combined and where, in the example above, water
(blue) and alkane (red) are present, the resulting color is mixed (violet).

Note that the definition of the range of the color scale bar has a significant influ-
ence on the appearance of images and that care must be taken to choose appropriate
settings.

4.9 The Law of Numbers

In this section a very noisy example data set is evaluated to illustrate the implemen-
tation and capability of the methods described above and show that even though the
S/N ratio of the individual spectra is at first glance insufficient, the algorithms used
can produce images and spectra of high quality.

The sample investigated was a PET-PMMA polymer blend spin coated onto a
glass slide. The data were acquired in EMCCD mode and Fig. 4.10 shows an exam-
ple of three of the 22,500 spectra recorded.
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Fig. 4.10 Noisy PET-PMMA Raman image. The spectra (a) on the left show the three differ-
ent components acquired at the positions marked in the image (b) with the corresponding colors
(green = glass, red = PET, blue = PMMA). The image (b) on the right displays the distribution of
PMMA in the sample as derived through a simple sum filter
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The noise level in the spectra is significant and the S/N ratio is only slightly
above 1. Even with this noise level, the sum filter applied to the CH-stretching
region where PMMA shows a signal produces some image contrast as can be seen
in Fig. 4.10(b).

Following cosmic ray removal and a background subtraction, a K-means cluster
analysis was performed on the data set, resulting in three clusters. The average
spectra of these clusters as well as the color—coded cluster map are shown in
Fig. 4.11.

It can be clearly seen that the quality of the spectra as well as the spatial assign-
ment of the pixels and thus the image contrast is dramatically improved. As can be
seen from Fig. 4.11(a), all spectra still contain the glass background due to the lim-
ited depth resolution of the confocal setup and the thickness of the film (< <50 nm).
It is additionally noticeable that the glass spectrum still shows a small peak in the
CH-stretching region. This is due to edge effects of the clusters as already discussed
in Sect. 4.5.2.2.

The spectra can now be de-mixed further by correct subtraction of the spectra
from each other, which then results in the spectra shown in Fig. 4.12(c).

These spectra are used for the basis analysis and the resulting image for the
PET and the PMMA is shown in Fig.4.12(a) and (b), respectively. The scale
bars to the right of image Fig.4.12(a) and (b) indicate the fitting value. The
glass background image (not shown here) now shows a homogenous distribution.
Fig. 4.12(d) shows the combined image of the three components following basis
analysis.

Figure 4.13 illustrates the effect on image contrast for the PMMA phase by sim-
ply displaying Figs 4.10(b) and 4.12(c) next to each other. The enhancement in
image contrast due to the multivariate data methods and the de-mixing is clearly
visible. This is especially apparent in the region where PET is located, the contrast
is strongly enhanced.
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Fig. 4.11 PET-PMMA Raman image and spectra following K -means cluster analysis. The spectra
on the left (a) show the average spectra of the three clusters (green = glass, red = PET, blue =
PMMA) and the image on the right (b) shows the combined cluster map with the pixels color-coded
as the spectra according to their cluster affiliation
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Fig. 4.12 The results of the basis analysis for PET (a) and PMMA (b), the de-mixed spectra used
for the basis analysis (¢) and the combined image of the three components (green = glass, red =
PET, blue = PMMA)

Fig. 4.13 Comparison of the image contrast before and after data evaluation. Image (a) was
obtained through the sum filter and image (b) after basis analysis.
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The scale bars on the right-hand side of the images are an additional indicator
that the sum filter only uses the number of detected electrons' in the CH-stretching
band, whereas the fitted image uses the photons in the entire spectral range, which
is reflected in the higher scale bar values in Fig. 4.13(b).

This example demonstrates conclusively, that with a sufficiently large number
of spectra (22,500 in this case), it is still possible to obtain a great amount of
spectral and spatial information from the data sets by using multivariate methods
and advanced data analysis algorithms, even though the individual spectra have a
very low signal to noise ratio. However, the signals in the spectra still need to be
sufficiently high to allow the cluster analysis to distinguish one cluster from another.

4.10 Materials and Methods

In order to illustrate the data processing of Raman spectra, a few example data sets
were utilized throughout this chapter. The samples as well as the acquisition details
will be explained in the following.

All data presented were recorded using an alpha300R confocal Raman micro-
scope from WITec GmbH, a frequency-doubled Nd: YAG laser (532 nm) and a spec-
trometer equipped with a 600 g/mm and a 1800 g/mm grating as well as a back-
illuminated CCD camera. The samples were

e A PS-PMMA polymer blend either dropped onto or spin coated onto a glass slide
e A Si[100] wafer with an indent produced using a nano-indenter

Table 4.3 Experimental details for the example data sets

Figure Sample Integration ~ Scan Scan Grating  Layer

number  description time [s] size [pum] resolution  [g/mm]  thickness

1 PS-PMMA 0.062 30 x 30 200 %200 600 < lpm

1 PS-PMMA 10x0.512 Single spectrum 600 < 1pm

1 PS-PMMA 10x1.512 Single spectrum 1800 < lpm

2 PS-PMMA 5x0.512 22.4 (Line scan) 15 600 < lpm

3 PS-PMMA 0.062 Single spectrum 600 < lpm
(extracted)

4 PS-PMMA 0.062 Single spectrum 600 < lpm
(extracted)

5 O-A-W 0.017 100 % 100 128x 128 600 N.A.

6 Si indent 0.069 10x 10 100x 100 1800 N.A.

8 O-A-W 0.017 100 % 100 128x 128 600 N.A.

9 PS-PMMA 0.0043 40x40 120x 120 600 < lpm

10-13 PET-PMMA  0.050 25x25 150 150 600 < 50nm

I Since this measurement is performed in EMCCD mode, the signal is strongly amplified and thus
does not represent the number of photons.
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e An oil — alkane — water (O — A — W) mix which was placed between two cover

slips

e A PET-PMMA polymer blend spin coated on a glass slide

The objective used was either a 100x air objective with an NA of 0.9 or 0.95 or

a 100x oil immersion objective with an NA of 1.25 (oil — alkane — water sample).
Further experimental details can be found in Table 4.3.
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Chapter S
Nano-spectroscopy of Individual Carbon
Nanotubes and Isolated Graphene Sheets

Alain Jungen

Abstract The following chapter will review the resonant Raman-active modes of
single-walled carbon nanotubes emphasizing the diameter dependence of the radial
breathing mode and selectivity of the optical transition energies (resonance). Ther-
mal studies of individual freestanding single-walled carbon nanotubes showed a
pronounced phonon softening. The second part of the chapter is devoted to Raman
imaging of graphene. This particular type of carbon nanophase has become avail-
able only recently. The first Raman signatures of few-layer to single-layer graphene
flakes could be obtained and compared with scanning probe microscopy. The effect
of electrical charging (doping) on the Raman features is also demonstrated.

5.1 Introduction

Carbon is a unique element showing a variety of stable forms based on three differ-
ent hybridizations of its atomic orbitals. Some of these forms are shown in Fig. 5.1.

Under ambient conditions, the layered structure of sp? hybridized graphite is the
ground state phase for bulk carbon [1]. In addition to the diamond and graphite bulk
phases, the discovery of fullerene triggered much of the recent interest in nanoscale
phases of carbon [2].

Graphene is an atomically thin single sheet of sp? bonded carbon. It is the basic
structural element of all other graphitic materials including graphite, carbon nan-
otubes, and fullerenes. Intrinsic graphene is a semi-metal and features a linear dis-
persion relation near the six corners of the 2D hexagonal Brillouin zone. This means
that electrons and holes near these corners behave like relativistic particles [3].

A single-walled carbon nanotube (SWNT) can be conceptually considered as a
seamless cylinder rolling up graphene with a size of a few nanometers in diameter
and a length ranging from tens of nanometers to millimeters. For nanotubes there
are many different types depending on the rolling direction of a sheet into a cylinder
which then exhibits different diameters and properties [4, 5].

Single-walled nanotubes show different properties depending on their diameter
and rolling direction. They are characterized by their chiral vector with indices
n and m (see Fig.5.2). This chiral vector determines whether a nanotube is
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Fig. 5.1 Different carbon
allotropes with
nanometer-scale phases
ranging from 0D C60
fullerenes, 1D carbon
nanotubes, 2D graphene, to
3D diamond and graphite

Diamond Fullerene

Single-walled

carbon nanotube

Fig. 5.2 The vector Cy,

describes how a sheet of a

graphene is rolled up to az;

create a carbon nanotube [6]

(n,0) zigzag
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~N C"=na tma,
~
~
~

(n,n) armchair
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semiconducting or metallic. If n = m, the nanotube is metallic; if n—m is a multiple
of three, the nanotube is semiconducting with a small bandgap. Otherwise it has
semiconducting properties with larger bandgaps.

5.2 Individual Carbon Nanotubes

5.2.1 Phonons

Single-walled carbon nanotubes have several Raman-active vibrational modes; the
exact number depends on the symmetry of the tube but is independent of its diam-
eter. However, only four to five Raman bands are strongly resonance enhanced.
Three of them are located around 1600 cm™! and correspond to the characteristic
G+, G—, and D-modes of the graphene sheet. As they are related to graphite they
appear at similar frequencies in nanotubes.

The radial breathing mode (RBM), however, is specific to nanotubes and arises
from a radial expansion and contraction of the entire tube. The phonon disper-
sion can be found theoretically by zone folding the graphene Brillouin zone.
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Fig. 5.3 Typical Raman

spectrum of an individual ™
single-walled carbon -
nanotube recorded with a G+

confocal micro-Raman
spectroscope using a green
532 nm laser. The feature
marked “*” is the attenuated

Intensity

elastically scattered Rayleigh RBM
line. Features marked “**” G-
come from the Si support -
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However, this approach has some shortcomings, most notably for the acoustic
modes. For example, the out-of-plane translation, an acoustic mode in graphene,
transforms into the RBM in carbon nanotubes with non-zero frequency at the
I"-point.

A typical Raman spectrum of a single-walled carbon nanotube excited at
E; = 2.33eV is shown in Fig.5.3. The low-frequency range of the RBM is
between 80 and 350 cm ™!, the intermediate range with the defect-induced vibration
(D-mode), which involves phonons from the graphene K -point, lies between 1200
and 1400 cm™!, and the high-energy range from 1500 to 1600 cm™~! belongs to the
tangential mode (TM). A fifth feature at twice the dispersive D-mode frequency,
often referred to as the G’-mode, is being considered recently. It is not a defect-
induced overtone of the D-mode but a double-resonant process crossing the I'-point
twice. In graphene its shape was found to depend on the number of individual
graphene layers.

5.2.1.1 Radial Breathing Mode

In the RBM all carbon atoms move in phase in the radial direction creating a
breathing-like vibration of the entire tube (see Fig. 5.4(a)). The force needed for
aradial deformation of a nanotube increases as the diameter (and hence the circum-
ference) decreases.

The expected dependence of the radial breathing mode frequency on diameter is

C
WRBM = L ) S.D
d;

with ¢; being constants. Equation (5.1) was first introduced by Jishi et al. [7] and
confirmed by many authors, each with slightly different ¢;’s [8—11]. The range of
proposed values differ by a few percent and translate into a similar uncertainty for d;.
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(b)

™

Fig. 5.4 Raman-active vibrational modes of carbon nanotubes. (a) The so-called radial breathing
mode (RBM) is a prominent feature of the tubular nanostructure and not present in planar graphite.
The Raman shift of the RBM is approximatively inversely proportional to the tube diameter. (b)
An example of a tangential mode (TM). In analogy to graphitic Raman modes it is often also called
G-mode or high-energy mode (HEM)

For isolated SWNTs, a quick and good diameter estimate can be made by consider-
ing c; = 0 and c; = 229 nm cm™~! as reported by Popov et al. [12].

Various authors have measured their conversion parameters, for example, by
fitting their data after having assigned the electronic transition energies (see
Sect.5.3.1).

5.2.1.2 Defect Mode

In order to understand a defect-enabled mode one has to consider the problem with
visible Raman spectroscopy. As photons carry very little momentum, only scattering
at the I"-point (¢ = 0) is allowed. If the process involves a non-I"-point phonon, it
takes a defect to elastically scatter back to I' to compensate the gained momentum in
a double-resonant process. This mechanism was explained by Thomsen et al. [13].

The D-mode in graphite is found at 1350cm™! and is induced by disorder or
defects. It is also described as a double Raman scattering in graphite. The intensity
of the D-mode increases linearly with decreasing graphite crystallite size.

In carbon nanotubes, a Raman mode related to the graphite D-mode is also
observed as shown in Fig. 5.3. The mechanism responsible for the laser-energy
dependence is defect-induced, double-resonant Raman scattering. This mode is
known to be dispersive @ = w(E;) and peaks at 1345cm~! when excited by a
532 nm green laser.

5.2.1.3 Tangential Mode

The high-energy vibrations in carbon nanotubes correspond to the graphene optical
mode at 1580cm ™. In contrast to the radial breathing mode, the carbon atoms
vibrate tangentially to the tube wall as depicted in Fig. 5.4(b). A single I'-point
vibration of graphene transforms into a number of modes in carbon nanotubes due
to the confinement of wave vectors along the circumference. The curvature of the
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tube wall introduces a small softening of the in-plane force constants and makes the
phonon frequencies slightly diameter dependent [14]. To a first approximation, how-
ever, rolling up the graphene sheet does not markedly soften the carbon bonds [15].

The Raman spectrum of the TM is, just like the RBM, specific to single-walled
carbon nanotubes which allow their identification in a tube sample. Three to four
close-by peaks appear with two dominant features at 1570 and 1593 cm~! and do
not have a Lorentzian line shape. The 1582cm™" position in SWNT corresponds
often to a local minimum, allowing for a quick determination of the single-walled
tube signature. Additionally, metallic SWNTSs show a strong phonon softening of
the longitudinal mode which is due to quantum confinement [16].

5.2.2 Theory

When the incident or scattered photons in the Raman process are in resonance with
an electronic transition between the valance and conduction bands of the energy Ej;,
the signal becomes very large as a result of the strong coupling between the electrons
and phonons of the nanotube. This resonance enhancement allows the characteriza-
tion of individual SWNTs with respect to electronic state, chirality, diameter, and
conducting properties. As the RBM is characteristic for SWNTS, it can be used to
determine their properties. The RBM integrated intensity / (Ergm) is a function of
the laser excitation energy Ep, and can be evaluated from the joint density of states
according to the theory for incoherent light scattering

2

M Mep Mi dE (5.2

I (Erpm) = / ‘D(E)(EL — Ej; — iD)(EL — Eph — E; — i)

]

Energy Separaton (eV)

2 3
Fig. 5.5 Kataura plot Nanotube Diameter (nm)
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where I' is the scattering process lifetime, Epn the phonon energy, and M matrix
elements for the scattering process. Mj, M are the matrix elements for the electron—
radiation interaction for the incoming and scattered, respectively, and Me, is
the electron—phonon interaction. The first and second factors in the denominator
describe the resonance effect with incident and scattered light.

Figure 5.5 shows a so-called Kataura plot [17] relating the electrical transitions
E;; to the nanotube diameter. Branches shown in red refer to metallic tubes, whereas
the semiconducting tubes’ branches are shown in black. It can be seen that the
electronic nature of 1.5 nm tubes probed by resonant Raman scattering using the
2.33 eV (532 nm) excitation is semiconducting. Both bands E§3 and E§4 are thus
preferentially excited.

5.2.3 Experiment

Recent non-orthogonal tight-binding calculations extended the Kataura plot in
the sense that maximum Raman intensities [;; were calculated for every optical
transition Ej; [12]. However, the intensity matching with measured data has been
an experimental challenge. The Raman intensity, as well as the tube-dependent
scattering efficiency, is dependent on the number of tubes under laser exposure.
Furthermore, the orientation of the tubes with respect to the direction of the light
polarization affects the Raman intensity [18]. Finally, their length and defects
together with interactions with neighboring tubes can also affect the measured
Raman intensity [19, 20]. This makes the tube-dependent Raman intensity mea-
surement extremely difficult.

A statistical method is proposed for chirality assignment of a nanotube sample
using a single laser line E7.. Room temperature Raman spectra were recorded using
a WITec CRM200 confocal Raman microscope using a frequency-doubled Nd: YAG
green laser line (532 nm) delivered through a single mode fiber. This type of fiber
supports only an single transversal mode which can be focussed to a diffraction-
limited spot of about 400 nm (100x objective, NA=0.8). The backscattered light
passed through a super-notch filter and focussed into a 50 wm pinhole. The 300 mm
spectrometer was equipped with a Peltier-cooled, back-illuminated charge-coupled
device (CCD) camera. Precise positioning of the sample under the laser spot was
achieved with piezoelectric actuators with a travel range of 200 x 200 x 20 wm? in
x,y, and z respectively. A total of 9600 spectra were obtained in six planar scans
each collecting 40 x 40 spectra with an inter-spot distance of 1 pm at a rate of 2 Hz.
Sample preparation is described elsewhere [21, 22].

Figure 5.6 shows the raw data from the collected Raman spectra. RBM features
were resolved by fitting each spectrum with Lorentzian lines in the range from 80
to 350cm™!. The intensities of the RBM modes were normalized with respect to
the integrated intensities from the silicon support (LO phonon at 520 cm™!). From
this large amount of data a distinct picture of the Raman intensity distribution of the
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Fig. 5.6 Cascaded collected Raman spectra. The RBM is visible from 80 to 350 cm™! while the
LO phonon of the Si support appears at 520 cm ™!

observed RBMs was obtained. This distribution was used to establish a histogram.
The collected data were then compared to calculated optical transitions E;; and
maximum Raman intensities /;;.

Figure 5.7(a) shows the optical transition energies as a function of the tube
diameter (a close up of the Kataura plot from Fig. 5.5) as obtained from a non-
orthogonal tight-binding model [24]. The tube diameter was calculated using (5.1)
with ¢; = 214cm™! and ¢; = 19cm™!. The position of the dots is indicated
with respect to the excitation line of 2.33eV (532nm). The red dots correspond
to SWNTs that have sufficient Raman efficiency at Er. Tubes lying close to the
laser line but still shown in gray have a very weak intrinsic Raman intensity. They
are omitted in Fig. 5.7(b) to avoid figure overloading.

Figure 5.7(b) shows the calculated /;; and attenuated Raman intensities « /;; of
the selected SWNTSs. The open dots are calculated maximum intensities. The filled
dots were multiplied with a normal distribution function to model the distance (in
electronvolt) to the laser line. The numbers in parenthesis indicate tube families
(2n + m = constant).

Figure 5.7(c) shows the converted histogram from Fig. 5.6. The measured data
(open circles) were corrected for sample population independence (filled cir-
cles). The intensity distribution shows a strong correlation with the attenuated
data from Fig.5.7(b). The pattern match is only valid for the attenuated data
which emphasizes the importance of performing such an excitation-dependent
correction.
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Fig. 5.7 (a) Optical transitions E;; as a function of the tube diameter. (b) Calculated Raman
intensities corresponding to the selected dots in (a). Numbers in parenthesis indicate tube families
(2n + m). (c) Converted measured histogram. After [23]

5.2.4 Microscopy

This section describes the possibility to localize individual SWNTs grown between
a support structure. SWNT bridges were synthesized by catalytic thermal CVD in a
low-pressure furnace which can be operated down to a base pressure of 10~ mbar.
Prior to CVD growth, microchips were fabricated by surface micromachining of
releasable 1.5 pwm thick poly-crystalline silicon (poly-Si) layers. After their release,
the poly-Si layers were uniformly coated with a bimetallic thin film of 8§ nm Al
and 1 nm Ni. The film thickness was measured in situ by a quartz crystal microbal-
ance. The chips were transferred in air and subjected to a hydrogen pre-treatment
at 200 mbar and 850°C for 10 min to allow the reduction of nickel oxides and the
formation of Ni islands. The latter serves as catalytic seeds for the growth of SWNTs
under methane and hydrogen (3:1) at 200 mbar and 850°C during 15 min. Heating
and cooling were performed under vacuum and the chamber was only opened after
cooling to at least 250°C.
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The samples were characterized by scanning electron microscopy (SEM, Zeiss
Ultra 55 operated at 5kV) and transmission electron microscopy (TEM, Philips
CM200 microscope operated at 120kV). Electron diffraction (ED) patterns were
recorded on a Zeiss 912 2 microscope at 60 kV. Raman spectra were recorded on a
WITec CRM200. The details of the setup were already described in Sect. 5.2.3.

Figure 5.8 shows three suspended SWNTSs across a trench defined by a tip pair at
the technological limit for standard (surface micromachining) lithography.

The shape features alternating gap sizes between 12 and 2 wm (Fig. 5.8b) to force
SWNT growth only between the small gaps without the need of masking the cat-
alyst [25]. Figure 5.8(c)l shows a Raman image of the suspended SWNTs. The
image was obtained by integrating the SWNT-specific Raman signatures, i.e., the
radial breathing mode in the range from 80 to 350cm~! and the tangential (G)
mode around 1592 cm~! as shown in Fig. 5.8(d).

Raman scattering is resonant and at a fixed excitation energy of 2.33eV only
two of the three crossing SWNTs could be seen at regular experimental conditions.
Equation (5.1) was used to determine the diameter of one of the tubes to 1.43 pum,
while for the other tube no RBM could be found. No defect-induced D-band signal
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Fig. 5.8 (a) SEM image of three spanned SWNTSs between a pair of closely spaced poly-Si tips.
(b) Demagnified SEM from (a) to show the tip definition. (¢) Raman image of the same tip pair as
shown in (a). (d) Representative snapshots showing SWNT and poly-Si-specific phonon modes in
the Raman shift. After [25]
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at 1350 cm~! was observed, which is indicative for a good SWNT with high crys-
tallinity. The Raman image in Fig. 5.8(c) 2 has been obtained by integrating over
the longitudinal optical phonon mode of the poly-Si material. Both images can be
overlayed as they picture the same structure. There is no doubt about the origin of

the Raman features as the freestanding sample geometry does not suffer from any
background signal.

5.2.5 Thermography

SWNTS have been proposed for applications in integrated circuits as transistors
or interconnects [26, 27]. In other cases they were proposed as active elements in
sensing applications based on their unique strain-dependent transport characteris-
tics [28]. In all cases, knowledge about the influence of temperature onto their
electro-mechanical properties is important to understand their overall behavior.
Although several theoretical studies exist on the thermal properties of individual
SWNTs [29], only few experimental investigations below room temperature are
currently available.

Figure 5.9(a) shows a spatially resolved thermal image of a suspended SWNT.
The figure shows that the freestanding nanotube is strongly influenced (heated) by
the laser spot as a heat source. Laser intensities were varied from 0.5 to 7mW corre-
sponding to power densities of about 1.5 to 21 mW/pm? [30]. Figure 5.9(b) shows
the thermal profile of the nanotube cross-section resolved by its phonon frequency
which was characterized beforehand. It shows that for high laser intensities, the
phonon softening is pronounced. A Gaussian intensity profile is observed along
the cross-sectional direction (Y) of the tube indicating a correlation between the

(Gaussian) profile of the laser spot and the SWNT as a point scatterer (considered
of negligible width).

(a) (b)

610K

I 200K

Phonon frequency I Jem)

Fig. 5.9 (a) Raman thermal image of a single SWNT suspended between Si posts. (b) Phonon
frequency of G-mode as a function of laser intensity scanned across the SWNT
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5.3 Isolated Graphene Sheets

5.3.1 Theory

The energy dispersion for 2D graphene can be calculated using a tight-binding
energy model. For a detailed calculation, the reader is referred to [4] and [31]. The
result is

€2p £ yow(k)

1 Fswk) (5-3)

E;;D(k) =

where Egp is the 2D energy dispersion of graphite, ey, the site energy of
the 2p atomic orbital, yy the nearest-neighbor carbon—carbon interaction energy,
and s the tight-binding overlap integral which is associated with the asymmetry
between the valence and conduction bands in 2D graphite. ET and E~ correspond
to the valence 7 and conduction 7 * energy bands, respectively. The function w (k)
in (5.3) is given by

w(k) = |1+4cos (ngkxa) cos (kyz_a> + 4 cos? (kyz_a> (5.4)

where a is the length of unit vector of graphene and k the wave vector.
Equations (5.3) and (5.4) describe the energy dispersion of graphene which cor-
responds to the electronic properties of SWNTSs. In Fig. 5.10 the electronic energy
dispersion for 2D graphite is shown as a function of k in the hexagonal Brillouin
zone.

The asymmetry of the conduction and valence bands is not important for the
calculation of the energy difference of conduction and valence bands. Thus with
s = 0 and e = 0 the dispersion relation simplifies to

Fig. 5.10 Energy dispersion 0
of 7 and 7 * bands of

graphene. The Fermi level is

at £ = 0. Bands cross at the

K -points. Data were

computed using (5.3) and

(5.4) and parameter values

s =0.129, 9 =2.9eV ¥ X
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Ejp =tyow(k) (5.5)

Note that a simple way to get to the electronic properties of single-walled carbon
nanotubes consists in starting from the graphene dispersion relation and applying a
zone folding approximation between graphene 7 and 7 * electronic states to calcu-
late the band structure of tubes for any diameter and chirality [5]. Note also that the
common 7 -orbital approach involves the assumption that the tight-binding approx-
imation includes only the interaction of first-neighbor atom (nearest neighboring
atom) [4].

5.3.2 Experiment

Only recently, single- and few-layer graphenes have been successfully transferred
onto a substrate [32].

Transport measurements revealed a highly tunable 2D electron-hole gas with a
linear energy dispersion around the Fermi energy embedded in a solid-state environ-
ment [33, 34]. Going to few-layer graphene, however, disturbs this unique system
in such a way that the usual parabolic energy dispersion is recovered. The large
structural anisotropy makes few-layer graphene therefore a promising candidate to
study the rich physics at the crossover from bulk to purely 2D systems. Turning
on the weak interlayer coupling while stacking a second layer onto a graphene
sheet leads to a branching of the electronic bands and the phonon dispersion at
the K-point. Double-resonant Raman scattering [35] which depends on electronic
and vibrational properties turns out to be an ingenious tool to probe the lifting of
that specific degeneracy.

The graphite films were prepared by mechanical exfoliation of highly oriented
pyrolytic graphite (HOPG) and subsequent transfer to a highly doped Si wafer with
a 300 nm SiO; (atomic oxidation process) cap layer.

The experimental setup for the confocal Raman measurement was identical to
the one described in Sect. 5.2.3. With a very low incident power of 4-7 wW, heating
effects can be neglected.

The Raman spectrum of graphite has four prominent peaks (Fig. 5.11).
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Fig. 5.11 Raman spectra of 21500
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double-layer graphene 25001 ( @ double- Iayer graphene
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respectively, see Fig. 5.13b) Raman shift (cm-1)



5 Carbon Nanotubes and Graphene Sheets 103

The peak around 1582cm™!, commonly called the G-line, is caused by the
Raman-active Ep; phonon (in-plane optical mode), close to the I'-point. The D-line
around 1350 cm™! exhibits two remarkable features: its position shifts to higher
frequencies with increasing incident laser excitation energies [36] and its relative
signal strength (compared to the G-line) depends strongly on the amount of disorder
in the graphitic material [36, 37]. The associated overtone D’ around 2700 cm ™! is
pronounced even in the absence of a D-signal. Finally, the overtone of the G-line,
the G'-line, is located at 3248 cm™!, which is more than twice the energy of the
G-line. The different experimental findings related to the dispersive D- and D’-bands
could be explained by Thomsen and Reich within the framework of double-resonant
Raman scattering [35]. The electronic and vibrational properties of graphite are
dominated by the sp? nature of the strong intraplane covalent bonds. Raman spectra
for multiple graphene layers can be compared qualitatively and quantitatively while
investigating flakes with sections of various thicknesses. In Fig. 5.12(a), the scan-
ning force microscopy (SFM) micrograph of a graphite flake with different layers is
presented: the bare SiO; (indicated by “0”) is surrounded by single-layer sections
with steps of up to two, four, and six layers. The different step heights are clearly
depicted in Fig. 5.12(b), where a cross-section of Fig. 5.12(a) (see white dashed
arrow) is shown. By scanning the flake and collecting the complete Raman spectrum
at every spot, we can subsequently filter specific spectral data for a spatially resolved
data point and construct false-color 2D plots. In Fig. 5.12(c), the intensity of the
G-peak is integrated from 1537 to 1622cm™!. We find a remarkable correlation
with the SFM graph: brighter regions correspond to thicker sections.

The cross-section in Fig. 5.12(d) shows a steplike behavior, perfectly correlated
with the topographical changes shown in Fig. 5.12(b). In Fig. 5.12(e), we plot the
FWHM (full width at half maximum) of the D’-line. It shows the narrowing at the
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Fig. 5.12 (a, b) SFM
micrograph and
cross-sectional plot (indicated
with the white dashed arrow;
lateral average over 400 nm)
of a few-layer graphene flake
with central sections down to
a single layer. Raman maps
(dashed square
corresponding to the SFM
image in (a)) showing (c) the
integrated intensity of the
G-line and (e) the FWHM of
the D'-line. The related
cross-sections (d, f) are =N i
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transition to a single layer (see, e.g., Fig. 5.11) and gives an evident contrast between
single- and few-layer graphene sections. The two discrete levels in the FWHM of
the D'-line shown in Fig. 5.12(f) related to a single layer (=30cm™") and two and
more layers (260 cm™!) suggest that the width of the D’-line can be used as an
indicator for single-layer graphene. Raman spectroscopy can therefore be used to
count the layers of a thin graphite stack and to discriminate between single and
double layers. Combined with the double-resonant Raman scattering mechanism,
an optical setup using light in the visible range turns out to be an alternative to
scanning force microscopy, which requires stacking folds as height references.
Transport measurements show that the quality of the finite graphitic flakes on
the silicon oxide matrix obtained with the technique explained above is remark-
able: electronic mobilities up to 15,000 cm? (Vs)~! were estimated from transport
experiments. We also point out that Raman spectroscopy reveals quasi-defect-free
graphitic sheets via the absence of a D-band signal. The appearance of the D-band
can be related to the occurrence of defects and disorder. With confocal Raman
imaging the spatial origin of the defects can be localized, which can have important
consequences for the electronic properties [38]. By comparing the SFM micrograph
in Fig. 5.13(c) with the Raman image of the integrated D-line (1300-1383 cm™ 1)

~ =N

~1 . N\ , (e)

;; 2-layer A d

> A A

‘B
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0 04 08 12 16 2 1300 1400
Lateral position (um) Raman shift (cm-1)

Fig. 5.13 (a) SEM micrograph of a graphitic flake consisting of one double- and two single-layer
sections (white dashed line along the boundaries), highlighted in the Raman map (b) showing
the FWHM of the D’-line. (¢) Raman mapping of the integrated intensity of the D-line: a strong
signal is detected along the edge of the flake and at the steps from double- to single-layer sections.
(d) Raman cross-section (white dashed arrow in (c¢)): staircase behavior of the integrated intensity
of the G-peak (solid line) and pronounced peaks at the steps for the integrated intensity of the
D-line (dashed line). (e) Spatially averaged D-peak for the crossover from double to single layer
(black) and from single layer to the SiO, substrate (red)



5 Carbon Nanotubes and Graphene Sheets 105

intensity in Fig. 5.13(c), it is obvious that the edges of the flake and also the border-
line between sections of different heights contribute to the D-band signal, whereas
the inner parts of the flakes do not. This is somewhat surprising because, for thin-
ner flakes, the influence of a nearby substrate on the structural quality should be
increasingly important.

In the cross-section in Fig. 5.13(d), one can clearly see that the D-line intensity is
maximal at the section boundaries, which can be assigned to translational symmetry
breaking or to defects. However, it should be emphasized that the D-line is still
one order of magnitude smaller than the G-line. In Fig. 5.13(b), spatially averaged
D-mode spectra from the two steps shown in Fig. 5.13(d) are presented. The fre-
quency fits well into the linear dispersion relation of peak shift and excitation energy
found in earlier experiments [36]. In addition, it is found that the peak is narrower
and downshifted at the edge of the single layer, while it is somewhat broader and
displays a shoulder at the crossover from the double to the single layer. In parts (a)
and (b) of Fig. 5.11, the Raman spectra of the double- and single-layer graphene
shown in Fig. 5.13(b) are compared and labeled A and B, respectively.

The Raman signal is significantly altered when peeling off the penultimate layer:
the G-peak decreases strongly in intensity and shifts toward higher wave numbers.
In connection with Fig. 5.12(b), we already stated that the integrated G-line signal
is monotonically increasing with increasing flake thickness.

5.3.3 Charge Distributions

Electron-hole puddles in graphene have been predicted to be responsible for
the finite conductance at vanishing average charge carrier density [39] and have
recently been observed using a scanning single electron transistor [40]. Thus the
identification of different doping domains might be desirable to investigate graphene
devices.

Figure 5.14(a) and (b) shows Raman data for varying back-gate voltages Vg,
which by utilizing a simple capacitor model can be substituted by the electron—
hole concentration n = (Vg — VgD). Here, « ~ 7.2 x 101%cm™2/V and VgD ~
2.5V mark the charge neutrality point, which has been determined by transport
measurements.

Figure 5.14(c) shows a significant difference between the G- and 2D-linewidths
(FWHM). The G-phonon shows a rather strong change as a function of carrier den-
sity [42, 43] which is due to the fact that the Pauli exclusion principle prevents the
phonon from decaying into an electron-hole pair for |Er| > hwg/2, as illustrated
in Fig. 5.14(d) [43]. The decay of the dispersive D-phonon with large wave vector
gp 1is unaffected by the Pauli exclusion principle for low doping in Fig. 5.14(e). It is
expected that the 2D-linewidth stays constant up to a charging that corresponds to a
Fermi level shift as large as the exciting laser energy Er =~ E . This has a practical
implication: since the peak width of the 2D-line, which has been recognized as
the most striking feature to distinguish single-layer from few-layer graphene, is
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Fig. 5.14 (a) and (b) Maps of the G- and 2D-lines, respectively, as function of applied back-gate
voltages are shown. (¢) The normalize D-bandwidth (FWHM) of G and 2D as function of doping is
shown. (d) and (e) Illustrations of the presence and absence of a phonon decay into an electron—hole
pair, respectively, are shown. After [41]

insensitive to doping, it is a reliable-doping-independent measure for identifying
single-layer graphene.

Raman microscopy sensing the doping-dependent G- and 2D-line shifts pro-
vides an interesting tool to investigate charge fluctuations and doping domains in
graphene. Figure 5.15 shows the G- and 2D-peak positions and widths, their fluc-
tuations and cross correlations of a graphene flake on a SiO, substrate. The RMS
fluctuation of the G-peak is 3.3 cm™! explaining the wide spread range of numbers
reported in the literature [44-46].

The 2D-line is centered around 2679.4 cm™! and fluctuates about 0.9 cm™'. The
ratio of the fluctuations of the G- and 2D-line agrees well with the ratio of the
doping-dependent G- and 2D-stiffening. Doped regions on the imaged flake can be
observed. In the upper part of Fig. 5.15(c) and (d) one sees that toward the edges
of the graphene sample charging is suppressed, whereas in the entire inner area
significant charging is present. If one focuses on a quite uniform area it is found that
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Fig. 5.15 (a) Green-filtered optical image (the two white dots are metal markers). (b) FWHM of
the 2D-line. (¢) and (d) show regions defined by the G- and 2D-peak positions, respectively. The
white arrows mark correlated low doping areas, whereas the dotted box highlights a region with
low charging fluctuations. (e, f) 2D cross correlation (adjusted) of the fluctuations of the G- and
2D-line positions (widths). After [41]

the G fluctuations are approximately 0.6cm™!, which corresponds to n = 2.4 x
10" em—2,

Raman shifts of the G- and 2D-lines for charged graphene and spatial variations
in the G- and 2D-peak positions can be attributed to different doping domains.
In the low doping regime no clear distinction between electron and hole doping
could be made since for both G- and 2D-lines, stiffening is observed. However,
absolute doping fluctuations could be estimated.

5.4 Conclusion

Raman microscopy is a powerful tool with a very high sensitivity that allows the
investigation of single-wall carbon nanotubes (SWNTSs) as well as single sheets of
graphene with sub-micrometer lateral resolution. With this technique it is easily
possible to distinguish SWNTs from MWNTs, as well as to determine their diameter
by analyzing the position of the radial breathing mode (RBM). It was demonstrated
that due to the strong resonance enhancement of CNTs, even a single, freestanding
SWNT could be imaged and its properties could be analyzed. By measuring the
intensity and diameter of a large number of nanotubes that were excited with a
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single excitation wavelength, the phonon scattering cross-section as a function of
tube diameter could be derived.

Single graphene layers could be easily distinguished from two or more layers
of graphene, because of their different Raman signature. In addition, the number of
layers in a stack of graphene sheets has been correlated with the shape of a dispersive
phonon mode enabling layer counting from Raman spectroscopy.

Raman microscopy could be even used to show that the edges of single graphene
layers show different spectra than the layers themselves, which is most prominent
in the defect (D-) band.

Finally, charging effects on doped graphene sheets could be visualized using
Raman microscopy.
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Chapter 6
Raman Spectroscopy and Confocal Raman
Imaging in Mineralogy and Petrography

Marc Fries and Andrew Steele

Abstract Raman spectroscopy has long been used in geosciences and a wealth of
data and publications are available. The majority of this information originates from
point measurements using micro-Raman setups. With the application of confocal
Raman imaging, additional analytical possibilities arise with respect to analyzing
the three-dimensional spatial distribution of inorganic as well as organic phases
on the centimeter to sub-micrometer scale. This chapter will highlight some of the
key aspects experimenters should take into consideration when performing confocal
Raman measurements as well as experimental results showing the insight gained
into geological samples by the use of confocal Raman imaging.

6.1 Introduction

Raman spectroscopy is especially well suited for use in mineralogy and petrographic
studies, as it provides non-destructive mineral identification very quickly and with
excellent specificity. Additionally, it is sensitive to the presence and structure of car-
bonaceous phases that are difficult to characterize by optical microscopy or electron
beam methods. Raman spectroscopy has the advantage over electron beam methods
that Raman spectra can reveal the presence of a wide variety of mineral phases in
a single spectrum of sub-micrometer resolution, as opposed to an electron beam
that performs an elemental analysis that can include any or all phases within the
excitation volume. The practical result of this is that a Raman spectrum can identify
individual mineral phases in fine-grained clusters, while electron probe analysis only
produces the bulk composition of the intermixed phases. With the relatively recent
development of confocal Raman imaging, definitive petrography (the study of rocks
in thin section) is now possible in fields of view ranging from tens of micrometers
to centimeters across. Data gleaned in this way are used in turn for petrology studies
(the study of the formation and alteration of rocks primarily through petrographic
analysis). An additional benefit of the use of a visible light excitation laser is the
interrogation of features that are buried in the interior of mineral grains, such as
opaque and fluid inclusions. All of this can be done on either prepared thin sections
or unprepared mineral surfaces, which places Raman spectroscopic techniques very
prominently in a mineralogist’s “tool kit” of analytical techniques.

111
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6.2 Raman Spectroscopy and Imaging
as a Mineralogy/Petrography Tool

Mineralogy and petrography techniques have traditionally relied heavily on opti-
cal microscopy, utilizing reflected, transmitted, and cross-polarized microscopy to
identify minerals in thin section and describe their layout. The identities and tex-
tures of mineral phases are used to interpret the formation and subsequent alteration
history of those minerals and their parent rock formation (Fig. 6.1). From there the
investigator can draw conclusions about the history of the entire rock formation and
its relationship to larger geologic units, thereby working with observations made
under a microscope to draw insights on the creation, destruction, and movement of
entire continents. In the case of fossilized materials, petrography is used to make
fundamental descriptions of the evolution of life over geologic time as well as to
discuss the very origin of life itself.

Raman spectroscopy is a very useful tool in petrographic analysis like these, as it
can be used not only for mineral identification but also for investigation of carbona-
ceous matter in rocks. The study of carbonaceous material as a mineral phase in gen-
eral is somewhat problematic. Under a microscope, condensed carbonaceous phases
simply appear opaque. Electron beam techniques such as SEM or EDX, which
are commonly used in mineralogical studies, are less sensitive to their presence
and structure than phases composed of more massive elements. Some other tech-
niques such as bulk chemical measurements require crushing and extraction, which
produces useful information but destroys the fine mineralogical context needed to
completely describe the origin and alteration history of the material. Raman spectra

Fig. 6.1 Example of mineral phase mapping using Raman imaging in a thin section from the
Strelley Pool formation. (a) Transmitted light image showing dark, filamentous features. A Raman
image was collected in the red box and the blue scale bar is 80 pm in length. (b) Image of quartz
within the red box in (a) showing the mineral matrix. Scale bar is 10 um long. (¢) Image of carbon,
which somewhat surprisingly appears as a diffuse blebby phase and is not the primary constituent
of the filaments. (d) Small pyrite grains (yellow spots to right and left of the image center).
(e) Sulfate minerals that make up the filaments in this image, presumably formed by oxidation of
pyrite grains in (d). Sample provided by M. Brasier and D. Wacey, of the Dept. of Earth Sciences,
Oxford U., UK
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are sensitive to the identity and structure of all known condensed carbon phases and
are very specific in the identification of other mineral phases (Fig. 6.2). In addition,
Raman imaging provides mapping of carbonaceous phases within the mineralogical
context of their parent rock. For example, it allows an investigator to discern car-
bonaceous matter within primary fluid inclusions that formed as a rock first cooled
from its parent melt from other carbonaceous matter found in late-phase alteration
veins within the same rock. This distinction is especially important in the study of
meteorites, where many features of the rock either could be an original feature of
the meteorite or could possibly be the result of alteration after the meteorite fell to
Earth.

The implementation of Raman spectroscopy is very straightforward, as very little
sample preparation is necessary for a Raman measurement. Measurements can be
performed on whole rocks placed under a microscope in the lab or on rock for-
mations in situ by portable Raman instruments in field studies. Rocks are usually
either ground to produce a flat surface for simple petrographic examination and
Raman point measurement (such as in field studies), prepared as thin section for
Raman imaging of fine details, or ground to a powder to perform point Raman
analysis of a statistically relevant number of grains as a representative analysis
of the host rock (but without the contextual information). Practically speaking,
however, the most useful mineralogical/petrographic Raman measurements are done
using imaging techniques on ground, otherwise smoothed, or polished surfaces both
to maximize the signal quality and to remove surface weathering products from
the rock. Unless, of course, the goal of the measurement is to examine surface
weathering products!
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Fig. 6.2 Simplified diagram showing the general positions of prominent Raman peaks for a variety
of common rock-forming minerals and compounds. Note that different families of minerals tend to
have separate “fingerprint regions,” and more importantly that many of these “fingerprint regions”
can exist in a single spectrum without substantial overlap. This allows definitive mineral phase
identification even in complex mineralogical mixtures
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6.2.1 Working with Thin Sections

A typical petrographic thin section consists of a thin wafer of a rock sample that has
been polished on both sides until transparent and is thin enough to reveal mineral
birefringence in polarized light. The rock slice is affixed to a glass slide on one
side and either sealed with a glass cover slip on the opposing face or left exposed.
Confocal Raman spectroscopy is well suited for analysis of thin layers of material
(i.e., [1]), as the excitation volume can be constrained in the z-axis to control signal
input from polymer and glass layers, as well as the x- and y-axes to control and
optimize image resolution. This allows collection of Raman spectra from selected
mineral phases while rejecting spectral contributions from the glass slide, cover
slip (if present), or bonding polymer. However, a number of considerations must be
accounted for when working with thin sections.

1. Thin section surface irregularities and contamination: Depending on the min-
erals present in the thin section and the quality of preparation, some surface pits
and irregularities may occur in the thin section surface. These typically occur in
anisotropic phases such as pyroxenes and softer minerals such as clays. Surface
roughness within these flaws can scatter the excitation beam somewhat, but the
more important consideration is that polishing materials such as diamond paste
and abrasive grains can become lodged in them. When collecting Raman spectra
or images from near the surface of the thin section, these contaminants can be
misinterpreted as materials native to the thin section rock. To avoid this error,
examine the thin section in reflected light before analysis to familiarize yourself
with the location and size of flaws. It can also be useful to create an image of the
Rayleigh-scattered laser line itself, which serves as a monochromatic reflectivity
image at the same resolution as calculated Raman images.

2. Mounting polymer permeation: Since mounting polymer started out as a liquid,
expect to find it in every crack in the thin section mineral slab. This is especially
true of thin sections made of friable materials, as these thin sections are often
prepared using a vacuum impregnation method. Acquiring a reference spectrum
of the polymer used to prepare the thin section under examination is a good idea.
This spectrum can be used to differentiate mounting polymer from any organic
compounds present in the thin section, usually by identifying spectral features
in the C—H stretch mode region which is well removed from Raman modes of
rock-forming minerals.

3. Minor polymer contribution through confocal “leaking”: Confocal spectroscopy
constrains light collection to within a narrow band very close to the instrument’s
focal plane, because light arising from either above or below the focal plane
is rejected at the confocal aperture or pinhole. A small amount of light arising
from directly along the axis of the excitation beam, however, may pass through
the confocal aperture. Three conditions must be met for this to occur. First,
the Raman signal of the interfering medium must be relatively strong, such as
the C—H band stretch region of a thin section mounting polymer. Second, the
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confocal aperture is relatively large (depending on the instrument and sample,
roughly > 50 wm). Finally, the excitation beam power is typically quite high, as
the excited volume of material responsible for this light leak is smaller than the
diameter of the excitation beam, and so the intensity of the interfering Raman
signal is intrinsically small. This effect is usually a problem only for spectra
collected fairly deep into a thin section such that the excitation volume is close
to the lower mounting polymer layer. The result is that a minor C-H stretch
mode Raman spectrum can appear in some spectra collected from a thin section
and usually seen through large clear grains, which may lead to the mistaken
conclusion that an aliphatic compound is present within the mineral phase.

4. Focus on the distal mineral surface: When viewing a thin section in transmitted
light, it can be possible to focus on the mineral slab surface adjacent to the glass
slide instead of the thin section surface, especially if the illumination source is
intense. This is a minor problem, but can be rather embarrassing if you happen
to be showing off your shiny new Raman spectrometer to a visitor at the time.
The easy way around this is to focus on the thin section surface in reflected light
when you start your work.

5. Previous carbon coating: Some thin sections, and especially those prepared out
of rare materials such as meteorites, are examined with multiple methods in mul-
tiple laboratories. If the thin section has been examined using a vacuum electron
probe technique such as scanning electron microscopy (SEM) or electron probe
analysis, then it has probably been coated with an electrically conductive coat-
ing such as Au—Pd or carbon. These coatings can be “removed,” but Raman
spectroscopy is extraordinarily sensitive to the presence of carbon in particular.
Previous Au—Pd coatings will appear as laser-reflective materials in cracks, low
spots, and surface imperfections in the thin section. A carbon coating that has
been “removed” will show up as an opaque or mildly transparent coating in the
same surface imperfections but will yield a Raman spectrum consistent with that
of glassy carbon. That is, the carbon G and D bands around 1590 and 1350 cm™!,
respectively (Tuinstra and Koenig [21]), will be broadened to the point that
they overlap considerably. The optimal situation is to utilize Raman microscopy
before applying techniques that may require elaborate sample preparation.

6. Surface alteration of soft carbonaceous phases during thin section preparation:
Raman spectroscopy is extraordinarily sensitive to the structure of carbon. The
actual interaction volume of the Raman excitation laser is very shallow in opaque
phases to the point that it is comparable to the thickness of the surface layer
disrupted by mechanical polishing. In other words, a Raman spectrum of a soft,
opaque carbonaceous phase in a thin section is very likely only measuring the
surface that has been mechanically abraded during polishing. Several researchers
have noted this effect (i.e., [2]) and pointed out the importance of taking it into
account when describing the structure of carbonaceous phases in thin section.
To put it simply, do not accept measurements of carbon phase structure in thin
section if the Raman measurement is made at the thin section surface, as that
measurement is made only of the thin surface layer that has been disrupted
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by polishing. Some researchers [2, 3] state that Raman measurements are best
made on the contact between carbonaceous materials and any transparent mineral
grain, on a surface that is embedded within the thin section and removed from the
actual thin section surface. There is some room for argument as to whether or not
this technique measures carbon structure that is truly representative of the car-
bonaceous material bulk structure, however. Whenever possible, it is advisable
to work with both a thin section and fresh fracture surface of the same material.
Raman images of the thin section can produce in situ maps of carbonaceous
material to provide mineralogical context, and multiple spot Raman spectra of
the same carbonaceous material on the fractured surface provide a statistically
relevant set of spectra for interpretation of bulk microstructure of that same car-
bonaceous material in order to ascertain the extent of alteration of the carbon
measured in thin section.

As long as these considerations are acknowledged and accounted for, none of the
above should be a real obstacle to producing high-quality Raman images of samples
in thin section.

6.2.2 Control of Laser Power

The signal intensity of Raman-scattered photons is commonly quoted to be around
one one-millionth of the excitation laser strength, although in reality this value
varies from mineral to mineral and from one Raman mode to another, as well as
whether or not a particular mode undergoes resonant enhancement, etc. It is gener-
ally true, however, that the Raman effect is weak relative to the laser power used to
observe it, and this leads to the very real possibility that a sample can be damaged
by the excitation laser (Figs. 6.3 and 6.4).

Fig. 6.3 Laser beam damage
in a fullerene soot. The
square artifact in the center of
the image is a hole that
perfectly preserves the shape
of a Raman image collected
with an accidental “overdose”
of laser power. A misread dial
allowed approximately 50
times as much power as was
intended, evaporating the
carbonaceous material to
leave a square hole and small,
surviving silicate
contaminants. The scale bar
is 80 wm in length
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Raster Direction

Fig. 6.4 Another one from the “What Not to Do” files, an SEM image showing laser damage in a
chromite grain. A Raman image was collected using excessive laser power density with the raster
direction proceeding along the axis indicated by the white arrow. The striation in the chromite grain
is the result of damage incurred during repeated, parallel passes by the Raman excitation laser.
Note that the opaque chromite grain absorbed sufficient laser power to damage the grain’s surface,
while the surrounding, transparent olivine was undamaged. This illustrates the dependence of laser
power used to collect an image or spectrum on the nature of the material under investigation. Image
collected by Dr. Edward Vicenzi, Smithsonian Institution, Washington, DC, USA

While many early papers described the laser power used in terms of output
power at the laser itself, recent literature generally acknowledges the many factors
involved and describes power in terms of power density (laser power per unit area)
as measured at the laser spot focal plane. This is especially important considering
that all Raman instruments feature some variability in total laser throughput due
to scattering losses in the focusing optics as well as in the spot size at the focal
plane. It is sufficient to describe the power density for a measurement simply by
measuring the total laser power at the measurement focus and dividing by the cal-
culated spot area, but there is room for improving upon this method. Laser power
distribution at the measurement spot is not uniformly distributed, and there is a
need at the time of this writing for establishment of a standard method of reporting
laser power values that takes into consideration this and other parameters to include
peak laser power for a given measurement spot. Beyond these considerations, for
the application of “conventional” Raman spectroscopy (as opposed to resonantly
enhanced methods described elsewhere), there are two primary considerations in
managing laser power — the nature of the target material and the capabilities of the
Raman device used.
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6.2.2.1 Nature of the Sample

Understanding the nature of the sample is an important part of managing laser
power. For example, a material that contains fine sulfides that are susceptible to
oxidation on heating must be handled much more “lightly” than a sample composed
entirely of transparent silicates. A mineral such as quartz or olivine, which exhibits
very low absorption in visible light, can tolerate very high excitation beam flux with-
out damage. Excitation in such a case occurs over a sample volume with a size and
shape dependent on beam geometry, and thus on the optics of the instrument used.
For opaque materials, such as chromite and reduced carbon, however, the excitation
“volume” is practically a two-dimensional surface due to strong absorption of the
beam at the mineral surface. Power density for such a case can become extraordinar-
ily high since the power density formula’s denominator (excitation area) becomes
very small, thereby increasing the likelihood of damaging an opaque phase with
what is a benign amount of laser power for transparent gains. Figure 6.4 illustrates
this effect, showing small, opaque chromite grains that have been damaged by an
excitation beam while surrounding, transparent olivine grains are unaffected.

The message here is that applied power density vs. acquisition time per pixel is
one of the trade-offs applied to a measurement and that this factor should be applied
with an understanding of the nature of the sample. This also serves to reinforce the
notion that Raman imaging is best utilized in conjunction with optical petrography
techniques that can provide the general information on sample character needed to
select an appropriate amount of excitation laser power.

Other examples of minerals which are especially prone to laser damage include
fine-grained minerals, sulfides, or samples embedded in an insulating medium such
as aerogel. Fine-grained minerals will include some proportion of porosity and/or
poorly ordered materials in its intergranular volume. Both of these impede thermal
conduction, resulting in a material prone to laser heating damage. Many sulfides
oxidize readily upon even mild heating, necessitating a Raman microscope with very
high photon throughput combined with a very sensitive detector and low laser power
density to produce a usable Raman spectrum without inflicting sample damage. A
by-product of this fact is that Raman spectral standards of sulfide minerals currently
are not as prevalent as spectra of more robust phases.

It is worth noting that cometary particles returned to Earth by the Stardust space-
craft exhibit all three of the example features described in the previous paragraph.
Most of them are fine grained, they contain fine sulfide grains [4], and in their
unprocessed form they are contained in an aerogel insulating medium. Raman mea-
surements of Stardust particles focus on analysis of carbonaceous phases as a result,
as these phases typically show strong Raman spectral features and are reasonably
resistant to heating damage [5-7], although a limited number of measurements have
been performed on other phases [8]. This author determined that fine sulfides fired
into aerogel using a light gas gun converted readily to oxides under laser power den-
sity of only 33 juW/cm? [Fries, unpublished data], which made this phase extraordi-
narily difficult to analyze safely. Stardust samples are generally examined following
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removal from the aerogel capture medium [9] followed by curatorial processing
such as gold foil mounting or ultramicrotoming. The authors also utilized an empir-
ical method for determining the upper threshold of allowable power density for
Stardust-like samples using fine, meteoritic sulfide particles. Troilite (FeS) particles
were scraped off a slab of the Toluca iron meteorite and pressed onto gold foil just
as the Stardust particles were. Sub-micrometer particles were examined over long
integration times under increasing laser power to identify the power level where
magnetite first started to appear due to heating in air, as seen in the appearance of
the strong 670 cm ™! Raman peak for magnetite.

6.2.2.2 Raman Instrument Parameters

Due to variation in instrument design and laser spot geometry, it is advisable not
to rely on power settings reported in literature but rather to perform this type of
preparation using the actual instrument to be used in the analysis. As far as Raman
instruments are concerned, there are a few important avenues available for control of
sample damage. These are optimizing instrument efficiency/detector sensitivity and
the effective control of applied power. For laboratory instruments, modern commer-
cial devices include high-throughput instruments and options for high-sensitivity
detectors. Beyond the choice of instrument and detector, the primary factor in instru-
ment design is arguably the choice between fiber-based and fiber-less Raman sys-
tems. A system that uses fiber optic cables as the confocal pinhole and for light
transmission to the detector is capable of very high resolution imaging with good
fluorescence suppression capability, but at the expense of Raman signal throughput
due to the small core diameter of the fiber (typically 25-100 wm). The absorption
within the fiber itself is measured in dB/km and thus negligible. Conversely, instru-
ments with large pinholes generally allow more light to reach the detector, but at
the expense of depth resolution and fluorescence rejection. In any event, laser power
applied to a sample must be carefully applied to prevent damage, and the best means
to address it is by a careful set of heating trials using minerals that each investigator
intends to analyze, using the same instrument to be used in the analysis. Differences
in signal throughput, sensitivity, excitation beam shape, and other factors between
instruments demand that a set of trials are done on the actual instrument in use and
that any such measurements done on similar instruments should be used only as
broad guidelines and only if necessary.

6.3 “Raman Mineralogy” Using Imaging Raman Techniques

Petrography, at its core, is the study of minerals in thin sections. This means that a
petrographer interprets the identity of each mineral in a rock and draws conclusions
on the formation and alteration history of the rock and its parent formation from the
setting and identity of the suite of minerals present. Imaging Raman spectroscopy is
especially well suited to this task, as it can be used not only to identify the minerals
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Raman Spectra of Olivine

ea 8208

Fig. 6.5 Raman imaging analysis of a portion of the QUE 94366 carbonaceous chondrite, a mete-
orite found in Antarctica. (a) shows a transmitted light microscopy image with the red box high-
lighting the area examined using Raman imaging. (b) shows two Raman spectra of olivine within
the scan area, showing the variation in peak intensity arising from changes in crystalline orientation
relative to the polarization plane of the excitation beam. (¢) is an image of intensity of a Gaussian
fit to the ~850 cm™~! Raman peak of olivine, showing the location of olivine within the scan area.
(d) shows olivine iron content in terms of Fo (Fosterite) number, showing sub-micron variation in
iron content in this phase. (e) is an image of the ratio between ~820 and ~850 cm™! Raman peak
intensities, indicating crystalline orientation of the various grains. Note that the small grains in the
lower center of the image are revealed to be polycrystalline or separate from the larger grains. Also
notice that variations in iron content exist within single grains, as shown by comparing (d) and (e)

but also to map their appearance in a thin section (as in Fig. 6.2). Fine details such
as crystallographic orientation, overall water content, presence of aqueous alter-
ation products, compositional variation can also be identified and separately mapped
(i.e., Fig. 6.5) to highlight and interpret them.

6.3.1 Mineral Phase Imaging

Raman spectroscopy of minerals produces information on the identification of con-
densed phases with the exceptions of metals and of phases that fluoresce strongly
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under the excitation beam. A very wide variety of phases produce reasonable Raman
spectra to include transparent, opaque, and metallic phases (to include sulfides). To
illustrate the broad range of mineral species that can be identified using Raman
spectroscopy, note that the freely available RRUFF online Raman database contains
over 2000 distinct mineral spectra [10]. Raman spectra can also contain information
on a mineral phase’s chemical composition [11, 12], latent strain (i.e., [13, 14]),
crystalline orientation [12, 15], grain size [16, 17], thermal history in some [18, 19]
and are very sensitive to the presence and structure of carbon [20-22].

With the advent of Raman imaging, that information can be expanded from
a point measurement to images of petrographic thin sections or even unprepared
rock, presented in terms of mineral phase maps or images of mineral properties
(Fig. 6.6).

Where electron probe or SEM/EDS imaging produces maps of mineral elemen-
tal composition that can identify, for example, an SiO, phase, Raman imaging
of the same phase can generate maps of quartz, coesite, tridymite, cristobalite,
lechatlierite, or silicate glass and place that phase in a mineralogic context. Each
pixel in such a Raman image can be as small as hundreds of nanometers across,
depending on the instrument, which is a finer resolution than that featured by many
analytical techniques commonly employed in mineralogy/petrography. Addition-
ally, each Raman spectrum can contain Raman spectral lines of several mineral
phases and by (a happy) coincidence most common rock types generate lines that
do not interfere spectrally with those of other phases. For example, have a look at
Fig. 6.7.

The mineralogy at the rim of a meteorite chondrule shown there is too fine
grained to completely characterize the minerals present using optical petrogra-
phy techniques. Raman imaging reveals the various phases present and is used to
produce very finely detailed images of each of them, regardless of whether they are

Fig. 6.6 Alteration vein in the MIL 03346 martian meteorite. Left: reflected light image of a pol-
ished thin section. Right: Raman image with mineral phases highlighted. Red is jarosite, green is
goethite, and blue are clay minerals. Isotopic analysis of these phases show that they are martian in
origin, which provides researchers with samples of martian aqueous alteration products for study
[from Vicenzi et al. 2007]
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Fig. 6.7 Identification of individual mineral phases in a complex, fine-grained mixture. (a) Trans-
mitted light microscopy image of the fine-grained rim on a chondrule in the QUE 94366 CV-type
carbonaceous chondrite. A Raman image was collected approximately within the red square, and
the scale bar is 10 um long. (b) Image of the olivine within the scanned area, as seen from the inten-
sity of the 820 cm™! olivine peak. (¢) Pyroxenes within the scan, as measured using the intensity of
the ~1010 cm™! peak. (d) Macromolecular carbon as seen from the intensity of the ~1580 cm™ ' G
band. (e) Whitlockite, an anhydrous phosphate mineral. These phases are distinguished by Raman
spectral features on a scale that is impractical for standard petrographic analysis

transparent silicates or opaque carbonaceous material. This capability allows not
only mineralogy by Raman spectroscopy but also petrography by Raman imaging.
In other words, a bulk rock can be identified through identification and morphology
characterization of its constituent minerals through Raman imaging.

6.3.2 Crystallographic Orientation Imaging

Fundamentally, Raman spectroscopy works by exciting vibrations in the crystal
matrix of a target material using an excitation laser. Some of these vibrations prop-
agate along a particular crystallographic direction or directions such that they prop-
agate asymmetrically through the crystallographic unit cell. In this case, changing
the vector of the excitation beam relative to the vibration propagation vector will
diminish the likelihood of exciting that particular vibrational mode. The practical
effect of this feature is that the same mineral phase in different crystallographic
orientations can exhibit a peak or peaks with variable intensity. Raman imaging
can reveal the orientation of these grains by generating a calculated image of the
ratio of the intensity of an orientation-dependent Raman peak to another peak in
the same mineral that is relatively invariant in intensity (Fig. 6.8). This calculation
has the added benefit of normalizing the image to remove relative phase spectrum
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Fig. 6.8 Left image: image of quartz from a thin section of the Rhynie chert. Right image: dimen-
sionless quartz grain orientation image assembled by calculating the relative intensity variation of
the 132cm™! quartz peak relative to the 466cm™" peak. The 132cm™! peak varies in intensity
with change in orientation to the excitation beam but the 466 cm ™! does not. Expressing the image
as a ratio removes intensity variation due to local quartz abundance and other effects. Sample
provided by M. Schweizer, Oxford U., UK

intensity from consideration. The resulting image reveals the orientation of all the
grains of a particular phase in a scan field, which allows measurement of grain
size as well as providing more detail in the determination of petrographic phase
relationships.

The example shown in Fig. 6.8 shows quartz grains in the early Devonian Rhynie
chert imaged using the ratio of the 128 cm~! peak intensity to that of the 465 cm™!
Raman peak. The peak at 128 cm™! is sensitive to crystalline orientation, allowing
the calculation of this image. Many minerals exhibit Raman peaks with orientation-
sensitive peak intensity and so this technique can be widely applied.

6.3.3 Phase Composition Imaging

Variations in the crystalline unit cell dimensions of a phase are the basis for mea-
surement of phase composition variation, as well as for latent strain. In the case
of phase composition, variations in unit cell parameters arise from substitution of
one atom for another. A good example of this phenomenon is the replacement of
iron with magnesium (or vice versa, depending on the mechanism at work) in the
case of the fayalite (Fe;SiO4)/forsterite (MgzSiO4) solid solution (Fig. 6.5d). The
Raman spectra of these phases are similar and are dominated by symmetric and anti-
symmetric SiOy4 tetrahedra vibrational modes, with a continuous shift to higher wave
numbers concurrent with replacement of iron with magnesium (or vice versa, if that
is the way you would prefer to look at it!). This feature is useful for spot Raman
analysis, but is especially informative in the form of calculated Raman images of
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mineral composition. This analysis must be performed with a pair of caveats in
place, namely

(1) latent crystal strain can also produce a Raman peak shift and must be considered
and

(2) Raman peak shift is a function of atomic replacement, but it is not necessarily
specific as to which atom is substituted.

As an example of the latter, some olivine grains in extraterrestrial samples are
known to feature enhanced manganese up to several weight percent (LIME or low-
iron manganese-enriched olivine; [23]). An elemental analysis technique such as
electron probe analysis is necessary to discern this effect from iron/magnesium vari-
ation, but in any event the shift of Raman peaks in olivine can be used to produce
images of Fe-content variation. In the case of olivine composition, LIME olivines
are uncommon and are only known to occur in unequilibrated, ancient meteoritic
materials, so are not usually a consideration. Other minerals such as the pyrox-
ene family, however, feature cation substitution by a range of elements to include
iron, calcium, aluminum, magnesium, chromium, and others and so elemental sub-
stitution is much more difficult to deconvolute from Raman spectra alone. Some
researchers have addressed this effect, however, and produced systematic trends
using natural samples [11, 24].

In the case of latent crystal strain, this effect usually shows a pronounced
anisotropy relative to the original shock propagation vector and is revealed in Raman
images as a deviation in a single direction across several grains. Compositional
changes, in contrast, usually vary radially through individual grains to produce
mantle-and-rim microstructure or some other texture, which is clearly tied to grain
morphology. Latent strain effects in natural samples are typically rare, as most
lithologies which show strain effects (i.e., &metamorphic rocks which have experi-
enced plastic flow) are exposed to elevated temperatures at the same time and small-
scale strain tends to be reduced or eliminated through annealing. Shocked material
such as those associated with terrestrial impact events, however, can exhibit latent
strain arising from the impact shock itself, and potentially with associated phase
changes, which may or may not revert to low-pressure phases upon post-shock
relaxation/annealing.

6.4 Examples of “Raman Petrography’ Applications

6.4.1 Raman Analysis of Shocked Minerals

In nature, the most pronounced example of shock processing is seen in impact-
altered mineralogy. Examples of shock processing are seen in terrestrial impact
craters and materials ejected from craters, meteorites which have experienced
impact shock prior to falling to Earth, and terrestrial explosion crater materials such
as those found in and around nuclear test pits. The shock in more materials is so
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intense, such as examples from the ureilite meteorites [25] and terrestrial impact
craters such as the Popigai impact structure [26], that graphite or other carbon pre-
cursors has been transformed to diamond. Other researchers have noted the presence
of a high-pressure form of rutile (TiO;) [27], known as alpha-PbO»-structured TiO;
in the Ries crater in Germany [28], the Chesapeake impact structure [29], and in
shocked grains associated with the Australasian tektite field [30]. These mineral
phases are relatively stable following their shock-induced phase change, as is the
Si0; polymorph coesite [31-33], and may be signatures of impact processing. Some
shock-derived phases, however, are strongly metastable at room temperature and
pressure and can revert to an ambient-stable phase upon heating with the excitation
laser.

Collecting Raman images of shocked samples is difficult and requires careful
characterization of the power output of the instrument. Even then, the signal/noise
ratio of data in the resulting images is often quite low out of necessity to pre-
vent damaging the sample with excessive laser power. Even so, images of the pet-
rography of shock-formed phases can be useful, such as that of coesite from the
Ries crater breccia shown in Fig. 6.9. In addition shock-processed samples tend to
luminesce under the excitation beam, as they typically contain a high defect density.
Nonetheless, the spectra in Fig. 6.9 are sufficient to identify coesite and the image
is of sufficient quality to characterize its morphology.

Fig. 6.9 Coesite in impact suevite from the Ries meteorite impact crater, Germany. Left image:
silicate glass. Right image: small bleb of coesite in the upper right-hand corner co-located with
“hole” in the glass image on the left. Note that the noisy image is caused by the low excitation
power used to preserve this metastable phase combined with the inherent luminescence of shocked
materials. Even with this limitation, however, both the placement and identity of coesite are iden-
tifiable
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6.4.2 Contextual Imaging of Carbonaceous Materials

Raman spectroscopy of condensed carbon phases such as diamond, kerogen, poly-
mers, and macromolecular carbon (MMC, i.e., condensed, reduced carbon spanning
a wide range of crystalline order) in general is a topic of special interest when
working with minerals. For one thing, the spectrum of all of these phases is particu-
larly intense compared to silicates, allowing for the detection of very small amounts
of material. Additionally, other analytical methods commonly used in mineralogy
and petrography, such as x-ray diffraction (XRD), are not especially sensitive to
poorly ordered carbonaceous materials such as kerogen and macromolecular car-
bon. Raman imaging allows placement of these phases in a mineralogical context,
which is a unique analytical capability. Furthermore, Raman spectra of carbona-
ceous phases are very sensitive to their degree of crystallographic order, which
allows conclusions to be drawn on the thermal history and formation conditions
of these phases [18, 34, 35].

The Raman spectrum of MMC exhibits three principal features, namely the
“disordered” or D band around 1350cm™', the “graphitic” or G band around
1580cm™! [21, 36, 37], and a series of second-order Raman modes found in the
vicinity of 2700 cm~! [38] (Fig. 6.10).

Figure 6.10(a) shows a typical thin section mounting polymer, with its promi-
nent C-H bands revealing the aliphatic nature of this compound. Note that this
spectrum is immediately distinct from the reduced carbon phases here, which allows
for definitive discrimination between mounting polymer and native carbon species
in a thin section. In Fig. 6.10(b) a single-crystal diamond spectrum is displayed
showing the distinct, very intense, and sharp 1332cm~! Raman peak whereas in
Fig. 6.10(c) graphite from the Toluca iron meteorite as an example of highly crys-
talline, graphitic carbon is shown. As visible in this figure, the primary Raman
modes of high-aromaticity condensed carbon are labeled the D (“disordered”) band,
the G (“graphitic”) band, and the various additive and multiplicative second-order
bands. Crystalline graphite can be devoid of a D band, but this example has been
polished (see text). Figure 6.10(d) shows carbon from a chondrule in the QUE 94366
CV-type carbonaceous chondrite. This example has been processed at high temper-
ature but apparently not for as long as the Toluca example. The peaks are narrow,
which indicates relatively small distribution of graphitic crystallite sizes, but the
D band is intense relative to the G band, indicating an overall disordered struc-
ture. Minor grossite (Gr) is present in this spectrum. In Fig. 6.10(e) an example of
kerogenous material from the Gunflint microfossil is displayed. The G band is rel-
atively narrow and intense indicating growth of a small size distribution of graphitic
domains under thermal metamorphism, and the complex shape of the D band
may indicate a wide range of disordered conformations arising from heteroatom
enrichment. Finally Fig. 6.10(f) shows the subbituminous (C) coal DECS 1 from
the US DOE Coal Sample Bank and Database, an example of a poorly ordered coal.
Broad D and G bands indicate a poorly ordered structure overall.

In some earlier literature, the G band is referred to as the “ordered” or O band.
Tuinstra and Koenig [21] were the first to point out that the mean crystalline domain
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Fig. 6.10 Comparison of the
Raman spectra of a few
carbon phases. (a) A typical
thin section mounting
polymer. (b) Single-crystal
diamond spectrum. (c)
Graphite from the Toluca iron
meteorite. (d) Carbon from a
chondrule in the QUE 94366
CV-type carbonaceous
chondrite. (e) Kerogenous
material from the Gunflint
microfossil. (f)
Subbituminous (C) coal
DECS 1 from the US DOE
Coal Sample Bank and
Database

DECS 1 subC Coal

Gunflint Microfossil

G Toluca Iron Meteorite
Graphite

2nd Order Bands

Arbitrary Intensity

Diamond

PO TSNS NI T SN U T S N U N [ T T U U N A |
500 1000 1500 2000 2500 3000 3500
Raman Shift (cm-1)

size is proportional to the D/G band intensity ratio, with refinement by Knight and
White [39], followed by Matthews et al. [40] that accounts for variation due to laser
excitation wavelength. Raman spectra of carbon phases are unusual in two aspects.
For one, there is a measurable shift in the D band Raman mode peak position with
excitation wavelength [40, 41]. This shift is highly unusual, as Raman modes are
essentially energy loss from an incident photon due to crystalline vibrational modes
of specific energy and so typically occur at the same Raman shift regardless of exci-
tation wavelength. For the other aspect, the second-order Raman modes commonly
seen in condensed carbon are unusual in that most mineral species exhibit first-order
modes only.

As a mineralogical phase, condensed carbon covers a range of structures ranging
from diamond with its sp>-hybridized molecular orbitals and face-centered cubic
structure [20] to graphite, which is composed entirely of sp?>-hybridized carbon
arranged in a hexagonal lattice. Between these end members (and, arguably, a third
end member composed of crystalline aliphatic polymer), condensed carbon spans
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an infinitely variable degree of crystalline order, ranging from amorphous soot to
poorly ordered kerogens and mildly heated condensed carbon, through a continuum
of crystalline ordering up to single-crystal graphite. Much of the naturally occurring
carbon found as a mineralogical phase appears somewhere along this continuum.
Generally speaking, MMC found in rocks either precipitates from hydrothermal
systems [42], precipitates from mantle-derived fluids and in some pegmatites
[43, 44] or accumulates from organic matter (many references, e.g., [45]), then
undergoes metamorphism along with its parent rock. Steele et al. [43] note an abio-
genic MMC formation mechanism from condensation of mantle-derived volatiles
in both terrestrial and martian rocks, implying that this is a common process in
rocky bodies large enough to support both carbon-containing volatiles at depth and
intrusive volcanism. The MMC becomes systematically more crystalline under heat
and pressure while losing volatiles (which is why coal seams can contain pockets
of methane and/or carbon dioxide), reaching a fully graphitized form above 400°C
according to Landis [46] and at eclogite facies (500°C and 20 kbar) according to
Beyssac et al. [47]. Extensive graphitization is also noted in carbonaceous materials
metamorphosed to granulite [8] and greenschist facies [48]. During metamorphism,
trends are seen in both G and D band peak center position (i.e., [49]), G and D band
width [50], as well as D/G intensity and area ratios [48]. Wopenka and Pasteris
[1993] report trends in the intensity of the first overtone of the D band as well,
which they define as the “S” peak [50]. Trends are also seen with respect to the La
(i.e., crystallite length in the direction parallel to the graphite basal plane) grain size
measurement defined by Tuinstra and Koenig [21] as well, where greater thermal
treatment generally leads to larger La grain size. Generally speaking, increasing
thermal metamorphism leads to greater crystallization (graphitization), which drives
the G band center toward ~1582 cm™!, G band width toward a instrument-limited
low value, the D band toward a value that depends on the excitation wavelength [40],
and the D/G intensity and area ratios toward zero. Unfortunately, deconvolution of
the D band can produce large fitting errors without resorting to fitting the band to
multiple peaks, especially for relatively amorphous materials, thus complicating the
use of D band features as a function of carbon metamorphism. By contrast, use of
the G band is relatively straightforward as long as the D’ band at 1610 cm™~! when
that band is prominent. Much of the information to be found in a Raman spectrum of
carbon can be expressed with a G band position vs. G band width (FWHM) graph,
which reveals a trend of graphitization grade as well as a distinct portion of the graph
around 1582 and ~20 cm™! FWHM, respectively, that indicates material featuring
graphitic domains that are large with respect to the excitation beam.

One form of poorly ordered carbon, “glassy carbon” [51, 52], exhibits little or no
long-range crystallographic ordering but, according to the nomenclature committee
of the International Union of Pure and Applied Chemistry (IUPAC), is not truly
amorphous, as it exhibits consistent short-range ordering and contains few or no
dangling bonds [53]. While glassy carbon is best known as a synthetic phase, it
is worthy of mention in a mineralogical context because other studies [47] show
that any carbonaceous material arising from organic compounds can show resis-
tance to graphitization even at high temperature. The mechanism at work is the
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same in both synthetic and naturally occurring phases. Apparently, graphitiza-
tion is impeded by the presence of a significant atomic percent of heteroatoms
such as O, N, and possibly S, leading to a chemically heterogenous, carbona-
ceous phase which resists metamorphism. This problematic twist means that het-
eroatom content complicates the analysis of the metamorphic history of MMC. It
may be possible to tightly constrain the age and thermal history of a carbonaceous
phase if both the crystalline structure and heteroatom content are known, and this
topic is ripe for further scientific investigation.

6.4.3 Fluid Inclusions

Fluid inclusions are exactly what they sound like — small pockets of fluid within
a mineral grain. They hold special importance in the study of minerals because
they represent samples of volatile compounds in the formation of environment and
subsequent metamorphism. The study of volatiles in deeply emplaced rocks such as
peridotites, for example, provides information about the melting points and phys-
ical behavior of rocks in the deeper parts of the Earth’s crust or even the mantle
(review by Anderson [54]). Fluid inclusions include two general types — primary
and secondary inclusions.

Primary inclusions are essentially trapped pockets of fluid within grains that date
to the original crystallization of the host phase. They commonly contain multiple
phases, including glass, and are concentrated in elements that feature poor solu-
bility in the parent mineral. Basically, primary fluid inclusions are formed as the
surrounding grain solidifies and rejects incompatible elements, which concentrate
as droplets and are frozen in place. These inclusions tend to have “fluid-like” shapes
with droplet-like morphology or possibly reverse crystal morphology that mirrors
the crystal shape of the surrounding mineral and tend to occur alone or in small
groups removed from the edges of their parent grain (e.g., [55]). Sometimes, pri-
mary fluid inclusions in minerals that form at high temperature and pressure will
contain vapor bubbles in them caused by shrinkage of the parent mineral during
cooling. These vapor bubbles can sometimes contain a relative vacuum due to this
shrinkage, as improbably as that may seem.

Secondary fluid inclusions are often found lying in a plane or along a line within
a mineral grain. These inclusions form when the parent grain cracks while still at
relatively high pressure and/or temperature in the presence of volatiles. The volatiles
percolate into the crack and form pockets while the parent grain “heals” itself
through grain regrowth. The resulting trains of inclusions include material present
after the rock has already crystallized from its parent melt, and their contents provide
insight into the metamorphic history of the parent rock. There is extensive literature
on the analysis and interpretation of fluid inclusions (e.g., [55, 56]) and for the
purposes of this chapter it is sufficient to simply point this out and comment that
Raman spectroscopy and confocal Raman imaging is especially well suited to fluid
inclusion analysis (see [57] for a review). A visible light Raman excitation beam
can probe the contents of fluid inclusions within transparent grains such as olivine,
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pyroxenes, and quartz without exposing the inclusion at the thin section surface [58].
This allows for direct measurement of the content of the fluid phase, and virtually
eliminates the possibility of contamination if the sample preparation and Raman
analysis are done carefully.

Raman analysis of fluid inclusions has been performed on meteorites in one
chrondritic setting. To date, two chondrites — the Monahans and Zag ordinary
chondrites — have been found to contain halite/sylvite grains with trapped brine
inclusions. The parent salt grains are often a brilliant purple color due to irradiation,
indicating that these grains are very old [59, 60]. This is a remarkable find, as up
to this point no fluid-filled inclusions had been conclusively proven in any type
of meteorite. The existence of fluid inclusions in Monahans and Zag showed that
liquids could exist at least for a short time on smaller asteroidal bodies.

6.4.4 Ancient Terrestrial Carbonaceous Materials

The topic of Raman imaging of ancient carbonaceous materials, either fossilifer-
ous or just purportedly so, is an expansive topic that can warrant its own chapter.
Much of the study of ancient carbonaceous materials has fixated on assigning an
age to the earliest life on Earth, perhaps to the detriment of studies of the actual
environmental conditions present when these formations — and perhaps life itself —
came into being. Nonetheless, much research into ancient carbonaceous materials
features Raman spectroscopy and Raman mapping or imaging. Some researchers
have made the claim that some particular carbonaceous material is biogenic based
on Raman spectra [61] while others have claimed otherwise [62] and even demon-
strated that this is not tenable due to lack of sufficient differentiability between
biogenic and abiogenic carbonaceous materials, especially for ancient materials that
have experienced extensive metamorphism [42, 63]. Uncertainties arise in the inter-
pretation of this information both in how it pertains to the genesis of the carbona-
ceous material and in the petrologic history of its host formation. This uncertainty is
magnified with increasing age of the material, as both chemical degradation and
thermal metamorphism add ambiguity to both the origins of the carbonaceous mate-
rial and its host rock. There is no doubt that considerable information can be gleaned
on the structure of carbonaceous materials using Raman spectroscopy, and that such
information tied with spatial context through Raman imaging gives a tremendous
amount of information about the nature of a given carbonaceous material and its
microenvironment (Fig. 6.11).

Some work has been done in describing fossil carbonaceous material relative to
coal, which is fairly well understood, with the result that Nestler et al. [64] described
Permian fossilized tree fern materials as having reached anthracite rank during meta-
morphism.

6.5 Raman Mineralogy in Field Geology Studies

With the development of small, reasonably sensitive spectrograph/detector com-
binations, miniature solid-state lasers, and field-ruggedized computers, portable
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Fig. 6.11 Raman image of kerogenous material from the Precambrian Gunflint chert. The upper
image is made from the intensity of a Gaussian fit to the G band of carbonaceous material in
the chert. The matrix (not shown here) is quartz, as is befitting a chert. The lower image is cal-
culated to show the graphitic domain size in the « crystallographic direction, or L, (Matthews
et al. [40]), regardless of G band intensity. The scale bar shows L, in angstroms, and the lighter
colored areas of the image represent relatively fine-grained carbonaceous material. This effectively
reveals sub-micron variation in kerogen structure, which most likely represents metamorphosed
remnants of structure from the organic matter precursor. Sample provided by M. Schweizer,
Oxford U., UK

Raman spectroscopy devices are now commercially available. Several of these
instruments are hand held, allowing the user to analyze the mineralogy and biologi-
cal status of outcrops and other samples under their native environmental conditions
[65]. Most instruments are even specially designed for performing field mineral-
ogy, and many allow the user to match spectra with any database to include min-
eral spectral libraries. Some of the pioneers in this application brought full-sized
Raman instruments designed for laboratory use into remote field locations [66] for
both mineralogy and astrobiological studies. Modern field Raman instruments are
capable of identifying most mineral species, but current available models typically
cannot query C-H and O-H stretch modes at high Raman shift and are limited
to interrogating relatively robust mineral species due to their intense laser flux. The
high laser power density required for field Raman is a consequence of the un-cooled,
relatively insensitive detectors that are required for small, battery powered instru-
ments. Future technology improvements in the areas of battery efficiency and/or
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detector sensitivity may allow for low power density laser sources that will expand
the range of mineral phases identifiable using hand-held Raman instruments. At
present, the capability to easily collect Raman spectra in a field environment is a
powerful mineralogy tool. In the future, instruments will undoubtedly improve on
this capability, perhaps to include Raman imaging capabilities.

6.5.1 Extraterrestrial Exploration

At the time of this writing, no Raman spectrometer has flown on a space exploration
mission. While Raman is obviously of very little utility for flyby or orbiter missions
(a laser powerful enough to produce a Raman signal observable from orbit would
produce an impressive network of glassy sidewalks as a by-product!), small Raman
spectrometers would be extraordinarily useful for both manned and unmanned
landed missions [67, 68]. In pursuit of this, a miniature Raman instrument is cur-
rently under development for the European Space Agency’s (ESA) ExoMars rover
mission [69]. The goal of this mission is to search for life and/or evidence of past
life on the martian surface using a variety of instruments. Such an instrument would
have to be sufficiently sensitive to collect spectra at low laser power density values in
order to detect organic compounds, and both the instrumental parameters and final
instrument manifest for the mission are undecided at present. A Raman instrument
called the Mars multibeam Raman spectrometer (MMRS; [70-72]) was also one
of the instruments developed for use on NASA’s MER rovers (Mars Exploration
Rovers, “spirit” and “opportunity”) that are actively exploring the martian surface at
the time of this writing. Ultimately, however, the MMRS was passed over for other
instruments.

A Raman device in general, utilized on a robotic rover/lander or as a hand tool for
astronauts, has the advantages of producing very fast identification of mineralogy as
well as the potential to directly identify the presence of some organic compounds,
or at least point out the presence of a wide variety of carbonaceous phases that
may be consistent with evidence of extinct life. As such, Raman spectroscopy is
particularly well suited to science priorities identified for exploration of Mars [67].
Rapid mineralogy investigations possible using Raman spectroscopy methods are
of particular interest in exploration of the Moon, asteroids, and possibly comets as
well. What about using a Raman instrument on Venus, however? Since any venusian
mission would be sharply constrained in mission duration (due to the destructively
high temperature), sample handling, and other factors, some researchers point to
the speed and relative simplicity of Raman analysis as advantages for mineralogy
studies on our sister planet. Significant obstacles exist in the form of atmospheric
scatter and absorption in both the excitation beam and Raman signal, the difficulty of
collecting a signal through hot optics, and other problems associated with operating
in the 92 MPa pressure and ~460°C conditions on the venusian surface [73]. Raman
spectroscopy may be especially well suited to this environment, however, as its rapid
acquisition speed should allow the analysis of a large number of samples, and work
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has been done on analyzing Venus-specific mineralogy in particular [74]. Work with
pulsed Raman systems at a distance through a simulated venusian atmosphere has
also produced usable spectra [75]. While this application is intriguing, significant
technical challenges must be overcome to make it practical.

A Raman device in general, utilized on a robotic rover/lander or as a hand tool for
astronauts, has the advantages of producing very fast identification of mineralogy as
well as the potential to directly identify the presence of some organic compounds,
or at least point out the presence of a wide variety of carbonaceous phases that may
be consistent with evidence of extinct life.

6.6 Conclusion

For future applications it is reasonable to expect that technological advancements
will deliver improvements in detector sensitivity, power supply efficiency, com-
puting power, more compact lasers, and who knows what all else as time passes.
Future generations of hand-held Raman systems can conceivably include hand-held
instruments for astronauts’ use on the lunar, martian, or other planetary surfaces.
Such an instrument could provide a rapid mineralogical assessment of rocks and
outcrops and could serve as a first-pass tool for astrobiological analysis. Rock targets
identified as interesting by a quick, hand-held Raman analysis would conceivably
be returned to a laboratory for in-depth study, perhaps to include Raman imaging for
petrographic and petrologic analysis. Given present capabilities and future possibil-
ities, it is easy to envision a not-so-distant future where field scientists wield small,
powerful Raman instruments as a matter of course both on this planet and others.
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Chapter 7

Raman Micro-spectral Imaging of Cells
and Intracellular Drug Delivery Using
Nanocarrier Systems

Christian Matthéus, Tatyana Chernenko, Luis Quintero, Milo$ Miljkovi¢,
Lara Milane, Amit Kale, Mansoor Amiji, Vladimir Torchilin, and Max Diem

Abstract Raman spectroscopy in combination with optical microscopy provides
a new non-invasive method to examine and image cellular processes. Based on the
spectral parameters of a cell’s components it is possible to image cellular organelles,
such as the nucleus, chromatin, mitochondria, or lipid bodies, at the resolution of
conventional microscopy. Several multivariate or spectral de-mixing algorithms, for
example, hierarchical cluster analysis or orthogonal subspace projection, may be
used to reconstruct an image of a cell. The non-invasive character of the tech-
nique as well as the associated chemical information may offer advantages over
other imaging techniques such as fluorescence microscopy. Currently of particular
interest are the uptake and intracellular fate of various pharmaceutical nanocarri-
ers, which are widely used for drug delivery purposes, including intracellular drug
and gene delivery. We have imaged the uptake and distribution patterns of several
carrier systems over time. In order to distinguish the species of interest from their
cellular environment spectroscopically, the carrier particles or the drug load itself
may be labeled with deuterium. The first part of the chapter will briefly intro-
duce the concept of Raman imaging in combination with multivariate data analy-
sis on some simple cell models, after which the results of the uptake studies are
discussed.

7.1 Introduction

Microscopic imaging of cells and their substructures by various optical techniques
is an extensively studied subject within cellular biology. Apart from conventional
optical microscopy, there are numerous imaging techniques based on light absorp-
tion, emission, and scattering effects. Most prominent are fluorescence imaging
techniques, for example, epifluorescence and confocal fluorescence microscopy. It
is very common to employ lasers as an excitation source — especially in the case
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of non-linear techniques such as two-photon microscopy (TPM), second- and third-
generation imaging (SHIM, THIM), or fluorescence correlation and fluorescence
resonance energy transfer microscopy (FCM, FRET) [1-4].

Raman microscopy is a non-invasive imaging technique that combines vibra-
tional spectroscopy with optical imaging. It has the intrinsic advantage of directly
investigating molecular compositions and structures without introducing any exter-
nal labels or dyes. Fluorescence techniques based on autofluorescence or fluorescent
labels introduced either chemically, genetically (such as green fluorescence protein
labeling), or through antibodies often suffer from fast photobleaching, and the asso-
ciated protocols are often rather invasive. The interference of relatively bulky fluo-
rophores with the biological activity of a labeled substance is also a much contented
topic. With the development of Raman microscopes, it is now possible to image
cells with subcellular resolution based on differences in chemical composition or
protein conformation, which are reflected in the spectral features of the various cel-
lular components. It has been demonstrated that Raman microscopy can be utilized
to observe the metabolic activity of single living cells — such as NADPH-oxidase
activity inside granulocytes, which is important for the initiation of the immune
response [5, 6], lipid body accumulation around phagosomes in leukocytes [7], and
hemoglobin oxidation/heme aggregation in erythrocytes [8]. The degeneration of
proteins during necrosis may be monitored by changes in the appearance of Raman
spectra [9]. There also have been efforts to introduce Raman labels, i.e., molecules
that have a high Raman scattering cross-section, to detect cellular enzymes and
receptors [10].

In terms of imaging cellular components, two main approaches have been pur-
sued. In several cases the distribution of a species can be monitored directly, mean-
ing that the species of interest has characteristic Raman peaks, which are sufficiently
different from the spectroscopic features of the general protein/lipid environment of
a cell. Reasonable contrast can be achieved by plotting DNA band intensities to
image chromatin or the nucleus [11-13]. Sometimes it is possible to observe res-
onance Raman effects, provided that the system of interest and the employed laser
frequency allow for such excitation. For example, resonance Raman effects in cells
have been reported for certain cytochromes [14], hemozoin formation in red blood
cells infected with malaria [8, 15], and photodynamic agents that are being explored
for use in tumor therapy [16, 17]. Resonance Raman signals usually dominate over
the spectra from cell proteins. Plotting peak intensities and peak positions can be
referred to as univariate imaging.

Raman spectra reflect the biochemical composition within the focal volume,
which is determined by the diffraction limit of the applied laser light. As a result,
the observed Raman spectra are the superposition of band intensities and shapes,
originating from different biochemical components. However, due to the interac-
tions of the components, the observed spectra are never a pure superposition of
component spectra. In order to extract the relevant spectroscopic information, sev-
eral multivariate methods based on similarity comparisons may be applied. A com-
mon method employed for spectral imaging is hierarchical cluster analysis (HCA)
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[18, 19]. In principle, the algorithm searches for the most similar spectra within a
data set by calculating the vector product for each individual spectrum with every
other spectrum in the data set. The most similar spectra are then grouped together
into separate clusters. More recently, methods based on vertex component analysis
(VCA) have been introduced [20, 21]. In contrast to HCA, this algorithm searches
for the most dissimilar spectra in a data set and expresses all other spectra as mix-
tures of the most dissimilar spectra. Both algorithms will be briefly described in the
Sect. 7.2. In the following discussion, the concept of Raman imaging in combination
with multivariate data analysis will be introduced for several types of common cell
lines.

Apart from imaging subcellular features, Raman microscopy may provide an
opportunity to follow the uptake of molecules in cultured cells. Controlled by dif-
fusion, endocytosis, and various transport mechanisms, a range of molecules such
as polypeptides and carbohydrates may pass the membrane. This uptake may be
facilitated by “active transport,” where molecules are pumped in and out of a cell
in an energy-dependent manner, or by “passive transport,” which relies on gradient-
driven diffusion. Provided that the uptake is sufficiently large, it may be possible to
observe optical signals of the targeted molecules. One major advantage of Raman
imaging is the high spectral information content. This allows an interpretation of the
chemical integrity (modification) and physical integrity (conformational change) of
a substance. Many substances are metabolized inside the cell such that the structure
of the product differs from that of the original compound. Often, these chemicals
are either activated or deactivated due to metabolic transformation. Raman spectra
provide important experimental evidence about the extent and type of metabolic
transformations that a compound encounters after cellular internalization. Also of
interest are conformational changes of active compounds, such as the conforma-
tional change of a peptide at a receptor binding site. Numerous spectroscopic data
of solution studies can be found in the literature. Raman microscopy allows the
comparison of data measured on isolated structures in solution to data acquired from
dynamic experiments conducted inside a living cell.

Increasingly popular in pharmaceutical sciences is the concept of active drug
delivery systems that can encapsulate and release a payload within the intracellu-
lar environment of target (disease) cells with minimal accumulation in non-target
(healthy) cells [22]. Many pharmacologically active compounds have low solubility
and thus low bioavailability within diseased tissue. If a compound is fairly soluble
in water, it often cannot pass through the cell membrane due to low lipophilic-
ity. Many bioactive compounds do not have amphiphilic properties, meaning that
they are both sufficiently hydrophilic as well as lipophilic, which would allow pas-
sage through the membrane barrier by diffusion. In order to bypass this problem,
small particle-based drug delivery systems have been introduced. Currently there
are various types of delivery systems under investigation. However, in principle
these systems are nanoscale structures that can encapsulate or protect the bioactive
species of interest. In order to distinguish the species of interest from their cellu-
lar environment, the carrier particles or the drug load itself may be labeled with
deuterium.
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7.2 Method

7.2.1 Data Acquisition

Raman spectra were acquired using a CRM200 confocal Raman microscope (WITec
GmbH, Ulm, Germany). Excitation (ca. 30 mW each at 488, 514.5, or 632.8 nm) is
provided by an air-cooled Ar ion or a HeNe laser (Melles Griot, Model 05-LHP-
532 and 928). Exciting laser radiation is coupled into the microscope through a
wavelength-specific single-mode optical fiber. The incident laser beam is collimated
via an achromatic lens and passes a holographic band-pass filter, before it is focused
onto the sample through the microscope objective. A Nikon Fluor (60x/1.00 NA,
WD = 2.0 mm) water-immersion objective was used in the studies reported here.
Most images presented were recorded at a resolution or step size of 500 nm with
500 ms exposure time using the 488 nm excitation line.

Fluorescence measurements were performed on the same instrument also using
the 488 nm excitation. For a comparison of mitochondrial distribution observed
through Raman and fluorescence imaging, the cells were first scanned to collect
the Raman spectra. Subsequently, Mitotracker®™® stain was carefully added and the
fluorescence emission of the cell was rescanned at significantly lower laser power
with a dwell time of 100 ms per data point. Data were exported from the WITec
software as ASCII files into our off-line data processing software. One of these
ASCII files is a composite file consisting of 1024 intensity points for each of n
spectra, where n is the product of the x- and y-dimensions of the data set (or the
x- and z- or the y- and z- data sets for depth profile scans). The other ASCII file is
a one-dimensional vector of the wavenumber shifts for each of the 1024 intensity
points (see below).

7.2.2 Introduction to Data Processing Methods

A number of mathematical methods have been introduced to exploit hyperspectral
data sets for imaging applications. Very common are cluster analysis techniques,
which sort the spectra of a data set into different groups or subsets according to
their similarity. There are partial clustering algorithms, such as k-means and fuzzy
c-means clustering and hierarchical clustering methods. Especially hierarchical
clustering has found widespread applications to image Raman data sets of various
biological and medicinal samples such as tissue biopsies [23-25].

Another possible approach to analyze data cubes that consist of a large number
of spectra is hyperspectral unmixing [20]. In spectral unmixing the spectra from
individual pixels are decomposed into several constituent spectra and fractions that
indicate to what extent each constituent spectrum contributes to the spectrum in each
pixel. By plotting the fractions of the constituent spectra, also called endmembers,
the abundances of each endmember can be imaged. Several decomposition algo-
rithms, for example, orthogonal subspace projection and vertex component analysis,



7 Raman Micro-spectral Imaging of Cells and Intracellular Drug Delivery 141

have been developed [21, 26]. So far, hyperspectral unmixing has mainly been emp-
loyed to data sets of remote sensing techniques in geology, agriculture, and ecology.

Spectral data hypercubes, produced by raster scanning the sample through the
focal point of the Raman microscope, were analyzed using software written in-house
in the MATLAB® (TheMathWorks, Inc., Natick, MA) environment. Before analy-
sis, the raw data cubes were processed to remove cosmic ray artifacts and to present
each spectrum of the data set as a vector with linear wavenumber increments. Both
these aspects will be discussed in Sect. 7.2.2.1 entitled Data Pre-processing, whereas
the multivariate analytical methods will be presented in Sect. 7.2.2.2.

7.2.2.1 Data Pre-processing

Raman data collected using CCD detectors are frequently contaminated by sharp
spikes generally attributed to cosmic rays impinging on the detector array. Depend-
ing on their angle of incidence, they produce large spurious intensities (often larger
than 100,000 counts) at a few adjacent detector diodes. We have used a combination
of spatial and frequency filtering methods to remove these spikes in the raw data
sets. Spatial filtering, i.e., comparing the spectrum of a given pixel to the spectra of
eight adjacent pixels, is particularly useful, since it is highly unlikely that the eight
surrounding pixels exhibit a spike at the same wavenumber, since the surrounding
pixels were acquired at very different points in time. Contaminated spectral intensity
points were corrected using the average of the eight surrounding intensities at the
same wavenumber.

Most multivariate methods of data analysis require that each spectrum is repre-
sented as a linear vector of equidistant data points. However, in a Czerny — Turner
monochromator, the dispersion dX/df in the exit plane changes with the cosine of
the diffracted angle 8 and therefore, varies over the dimension of the CCD detector.
For 488 nm excitation and a 600/mm grating, for example, the spectral bandpass
varies from about 5.5cm™!/pixel at about 200cm™! to about 3.3 cm™!/pixel at
4500 cm™!. Thus, it is necessary to linearize the data before further analysis. The
cosmic ray corrected data cubes were linearized as follows. A vector was created
with a fixed, preset wavenumber interval, typically 2 or 4cm~!. The MATLAB
interpolation function was then used to interpolate the intensities at the non-
equidistant wavenumber points to those at the fixed integer increments. At this
point, the data cube was stored as a three-dimensional matrix in MATLAB 8-byte
floating point format. However, the length of each spectral vector after linearization
is no longer 1024 points, but is given by the difference of the highest and lowest
wavenumber point on the array, divided by the wavenumber increment selected
(2 or 4cm™!). The number of points in each vector is henceforth referred to as N.

7.2.2.2 Multivariate Data Analysis

In this section, we discuss the two methods of multivariate data analysis used in
this research. The two methods are quite different and can be used to visualize
different aspects in a data set. One of these methods, hierarchical cluster analysis
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(HCA), is an unsupervised method that clusters data by their similarity. To this end,
spectral distances are calculated and spectra are assigned to clusters based on these
distances. Vertex component analysis (VCA), on the other hand, is a method that
expresses all spectra in a data set as linear combinations of the most dissimilar
spectra. Both methods have distinct advantages and disadvantages and may be used
to determine different features in a data set.

Hierarchical Cluster Analysis (HCA)

HCA is a powerful method for data segmentation based on local decision criteria.
These criteria are based on finding the smallest “distances” between items such as
spectra, where the term “distances” may imply Euclidean or Mahalanobis distances,
or correlation coefficients (vide infra). HCA is, per se, not an imaging method, but
can be used to construct pseudo-color maps from hyperspectral data sets derived
from cells or tissue sections. Later in this chapter, high-spatial resolution maps of
individual cells will be presented that are based on hierarchical clustering.
HCA starts by computation of the spectral correlation matrix, C, according to

c=¢STs (7.1)
or
Ci=> S onS oy N =1...n (7.2)

The C matrix is a (n - n) matrix (n is the number of spectra in the data set) in which
the off-diagonal terms C;; are the correlation between spectra i and j, summed over
all data points of the spectral vector S(vy).

The correlation matrix is subsequently searched for the two most similar spectra
coefficients, i.e., two spectra i and j for which the correlation coefficient C;; is
closest to unity. Hereafter, these two spectra are merged into a new object, and the
correlation coefficient of this new object and all other spectra is recalculated. In this
process, the dimensionality of the correlation matrix is reduced by one.

The process of merging is repeated, but the items to be merged may be spectra
or spectra and merged objects. In the merging process, a membership list is kept
that accounts for all individual spectra that are eventually merged into a cluster. We
have used Ward’s algorithm for the process of merging of spectra and the repeated
calculation of the correlation matrix. Once all spectra are merged into a few clusters,
color codes are assigned to each cluster. The coordinates from which a spectrum was
collected are indicated in this color. In this way, pseudo-color maps are obtained that
are based entirely on spectral similarities. Mean cluster spectra may be calculated
that represent the chemical composition of all spectra in a cluster.

HCA assigns cluster membership on a yes/no basis: a spectrum either is a mem-
ber of a cluster or is not. This assignment is based strictly on similarity and requires
no fitting to any reference spectra. HCA has been used to produce pseudo-color
maps of human cells imaged by confocal Raman microscopy with a spatial resolu-
tion of better than 500 nm. HCA was able to distinguish cellular regions that were



7 Raman Micro-spectral Imaging of Cells and Intracellular Drug Delivery 143

associated with the cytoplasm, mitochondria, nucleus, and nucleolus. The spectral
differences observed between these subcellular organelles are miniscule; yet HCA
was able to group the spectra by small, recurring differences. Subsequent inspection
of the mean cluster spectra can often shed light on the spectral differences between
the clusters.

The disadvantage of HCA is that the correlation matrix C is of dimension n
thus, if a 100 x 100 point map is collected, C is of dimension 10,000 x 10,000.
Thus, the memory requirements and the time necessary for searching this matrix are
enormous. Typical execution times for a 100 x 100 pixel map are about 3 h, using
fast 64-bit processors running under Windows XP64, and 8 Gbyte of RAM.

2.

Vertex Component Analysis (VCA)

VCA uses a completely different approach to reduce the dimensionality of data.
Each spectrum is represented as a vector in N-dimensional space, where N, as
defined before, is the number of color elements in each vector. This representation
may not be too obvious to spectroscopists; thus, it will be elaborated upon in some
detail. Imagine that a spectrum is recorded at two frequencies, or channels, v; and
v2 only. Thus, each spectrum can be decomposed into intensities along the two
channels v; and vy as shown in Fig. 7.1, panel (a). If two spectra are identical,
they will have two identical vectors; two spectra having the same ‘“composition”
but different total intensities will have parallel vectors. Figure 7.1, panel (b), shows
different spectra in two-channel space; their vectors fall on a line as indicated.

For spectra composed of three channels or frequencies, a quiver of vectors is
obtained whose endpoints lie on a triangle, as shown in Fig. 7.1, panel (c). For four-
dimensional spectra, the endpoints of the vectors lie in a tetrahedron. In general, the
progression from point to line to triangle to tetrahedron, etc., is known in geometry
as a simplex. A simplex describes a p-dimensional hull, or polytop, that possesses
p + 1 corners.

The principle behind VCA is the assumption that the most extreme vectors in
the original representation are “pure component spectra,” or endmembers. These

Intensity at v,
Intensity at v,
Intensity at v,
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Intensity at v, Intensity at v, Intensity at v,
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Fig. 7.1 Schematic presentation of a simplex: (a) represents the resulting vector for a spectrum

recorded at two frequencies. (b) shows different spectra in two-channel space; all vectors fall on a
line. (c) illustrates the vector space for three channels, the vector endpoints lie in a triangle
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endmembers are indicated in Fig. 7.1, panels (b) and (c) as the heavy vectors point-
ing to the ends of the line, or the corners of the triangle, respectively. VCA proceeds
from the original dimensionality (in our case N =& 1000, the number of color points
in each Raman spectrum) and reduces the dimensionality step-by-step by a process
known as “orthogonal subspace projection.” In each of these steps, the problem is
reduced from a p-simplex to a (p — 1)-simplex. The process is terminated when the
number of endmembers reaches a pre-determined level. This “spectral unmixing”
described so far does not necessarily find the true spectral basis sets. For example,
in a map of a human cell VCA will not necessarily produce a pure spectrum of
DNA, since no pixel in the sample is due to pure DNA (DNA is always associated
with histone proteins). Thus, the best one can do with VCA is the decomposition
of the spectra into a few basis spectra, or endmembers, which represent the degree
to which spectra can be unmixed. We found that for cells contained in an aque-
ous environment, one endmember spectrum is always that of pure water (which is
truly an endmember). Other endmembers will contain the most significant spectral
features of the remainder of the cell. In the examples to be discussed below, the
features of water + protein and the features of phospholipids are found prominently
in the endmember spectra. VCA images are reconstructed by coding up to three
abundance matrices for each pixel point as RGB maps and superimposing these
maps.

7.2.3 Experimental

7.2.3.1 Cell Culture Protocols

Human HelLa and MCF-7 cells (cell line CCL-2 and HTB-22, ATCC, Manassas,
VA) were grown in 75-cm? culture flasks (Fisher Scientific, Loughborough, Leices-
tershire, UK) with 15 mL of Eagle’s minimum essentials medium (MEM, ATCC)
and 10% fetal bovine serum (ATCC) at 37°C and 5% CO,. Cells were seeded
onto and allowed to attach to polished CaF; substrates (Wilmad LabGlass, Buena,
NIJ), which were chosen to avoid background scattering that is observed from reg-
ular glass windows. The CaF, substrates were removed from the culture medium
after 12-24 h, and the cells were fixed in a 10% phosphate-buffered formalin solu-
tion (Sigma-Aldrich, St. Louis, MO) and washed in phosphate-buffered saline. For
Raman and fluorescence measurements, the CaF, windows with the attached and
fixed HeLa cells were submerged in buffer solution during the measurement.
Fluorescence staining for mitochondrial distribution was carried out by adding
Mitotracker® Green FM (Invitrogen, Carlsbad, CA) to a final concentration of
200 nM. Fluorescence images were collected at 20 min after the stain was added.

7.2.3.2 Nanoparticle Preparation
Liposomes

1,2-Distearoyl-dyg-sn-glycero-3-phosphocholine (DSPC-d79) was obtained from
Avanti Polar Lipids, Inc. (Alabaster, AL). Plain liposomes were prepared from
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DSPC-dy by the lipid film hydration method [27, 28]. The dried lipid film prepared
from the chloroform solution of DSPC-d7y was hydrated and vortexed with HEPES
buffered saline (HBS), pH 7.4, at DSPC-d7o concentration of 1.6 mM. The result-
ing liposomes were sized through doublestacked 200 nm pore size polycarbonate
membranes (Nucleopore) using a hand-held extruder (Avanti). The liposome size
was monitored by using a Coulter N4 MD submicron particle size analyzer (Coulter
Electronics).

TATp-Liposomes

Purified TATp was received from Tufts University Core Facility (Boston, MA). For
preparing TATp-liposomes, TATp-PEG3400-PE was added to the lipid film. The
hydration and sizing of TATp-liposomes were done as described above. TATp-
PEG3400-PE was prepared by reacting TATp with p-nitrophenyl carbonyl-PEG3400-
DOPE (pNP-PEG-PE) [29].

PEO-PCL-Particles

PCL/Pluronic® F 108 blend nanoparticles were prepared using solvent displace-
ment in an acetone/water system as previously described [30]. The nanoparticles
were loaded with ceramide at 20% w/w. The deuterated ceramide N-palmitoyl-
(d31)-D-erythro-sphingosine was provided by Avanti Polar Lipids, Inc. (Alabaster,
AL).

7.3 Results

7.3.1 Cell Imaging

A eukaryotic cell consists of 60-70% water and roughly 30% of bioorganic
molecules such as proteins, DNA, RNA or nucleic acids, polysaccharides, lipids,
and some inorganic salts and other small molecules. Most of the dried cell mass con-
sists of proteins (60%) and nucleic acids (25%) [31]. Figure 7.2 shows the Raman
spectra of individual cellular components.

The spectra A and B are examples of a typical «-helical and B-sheet protein, C
and D show the spectra of DNA and RNA, and E and F are spectra of common
phospholipids and lipids. All spectra have very pronounced intensities in the C-H
stretching region from 2800 to 3100 cm ™! and from 750 to 1800 cm™! often referred
to as the fingerprint region. The characteristics of the Raman spectra of cellular
components have been well described [31-34] and the main assignments are listed
in Table 7.1.

Figure 7.3(a) below is a microscopic picture of a HeLa cell, an epithelial adeno-
carcinoma cell from a cervical cancer cell line.
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Fig. 7.2 Raman spectra of cellular components: (a) A spectrum of albumin, a typical «-helical pro-
tein (b) A spectrum of y-globulin, a protein rich in B-sheet structure. (¢) and (d) Raman spectra of
DNA and RNA, respectively. (e) and (f) The spectra of a phospholipid (phosphatidylethanolamine)
and a typical lipid (1,2-dioleoyl-3-trimethylammonium-propane (chloride salt)). All spectra were
acquired using a 514.5 nm excitation

Figure 7.3(b) is a univariate Raman image of that cell constructed from the
scattering intensities of the C—H stretching vibrations. The image reflects different
protein densities or water content within the cell. Figure 7.3(c) and (d) shows the
results of the data processing algorithms based on hierarchical cluster and vertex
component analysis, respectively. Easily discerned is the nucleus as well as differ-
ent structures within the cytoplasm. Figure 7.3(e) is a fluorescence image of the cell
after adding a rhodamine derivative dye (Mitotracker Green®) that accumulates
inside mitochondria showing the distribution. Mitochondrial aggregation is the high-
est in the perinuclear region and adopts tubular structures in the outer regions of the



7 Raman Micro-spectral Imaging of Cells and Intracellular Drug Delivery 147

Table 7.1 Assignment of predominant bands in the Raman spectra of cellular components

Vibrational mode

Frequency cm™

Description

C-H stretching
C=—0 stretching

Amide I
DNA/RNA
CH; and CH3
Amide IIT
PO,-

Phenylalanine

DNA/RNA

2800-3020
1745

1655
1570-1580
1425-1475
1260-1350
1095
1002

785

C-H stretching mode

C=0 stretching, ester group of lipids and phos-
pholipids

C—0 stretching mode, peptide linkage

C—C stretching, purine bases

Anti-symmetric methyl and methylene deforma-
tions, peptide side chains, phospholipids, lipids

Coupled C—H, N-H deformation modes, peptide
backbone

Symmetric stretching mode of phosphate esters,
DNA, RNA, phospholipids

Symmetric stretching (ring breathing) mode of
phenyl group

Pyrimidine ring breathing

Fig. 7.3 Raman images of a HeLa cell: (a) is a microscopic picture. (b) shows a Raman image
based on the C-H stretching intensities. (¢) is a false color representation of an HCA calcula-
tion. (d) Abundance map generated by a VCA algorithm and (e) shows a fluorescence image
after adding a mitochondria-specific rhodamine dye (Mitotracker green®). Both mathematical
algorithms reveal the location of the nucleus as well as the distribution of the mitochondria and
are consistent with the fluorescence image. The spatial resolution or step size was approximately
300 nm
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Fig. 7.4 (a) Mean cluster average spectra from the HCA results shown in Fig. 7.3(c). Gray trace:
nuclear region; light green: mitochondria-rich region; blue: cytoplasm. (b) Raman endmember
spectra from the VCA image in Fig. 7.3(d). Blue trace: nuclear spectrum; light green trace: mito-
chondria distribution in the cytoplasm

cytoplasm. It is well known that mitochondria are morphologically heterogeneous
within cells [35]. The fluorescence image correlates very well with the outcome of
the HCA and VCA, whereas the VCA algorithm seems to result in better spatial
resolution. The correlation of mitochondria-specific stains and images generated
from HCA and VCA was found to be very reproducible and may be reliable without
counterstaining for every experiment [19, 36].

The Raman spectra associated with the pseudo-color images Fig. 7.3(c) and (d)
are plotted in Fig. 7.4.

Figure 7.4(a) shows the mean cluster spectra resulting from the HCA and
Fig. 7.4(b) shows the endmember spectra of the VCA algorithm. The colors of
the individual spectra correspond to the colors in the images. The greatest con-
trast between the spectra is apparent within the C—H stretching region from 2800 to
3100cm~!. The C—H band of the mean cluster spectrum from the nucleus is more
narrow compared with the bands from the cytoplasm and has a distinct shoulder at
around 2880 cm™!, whereas the slope of the spectra from the cytoplasm has more,
but less distinct features. There are also many noticeable differences in the finger-
print region of the spectra below 1800 cm™!. For HCA, minute differences are very
reproducible when results from several cells are compared [19]. The signal-to-noise
ratio of the mean cluster spectra is, of course, extremely high given the large number
of individual spectra averaged over (ranging from several hundreds to several thou-
sands). The endmember spectra of the VCA have the quality of single-point spectra.
However, spectral differences can be easily recognized.

Figures 7.5 and 7.7 show examples of Raman intensity, HCA, and VCA gener-
ated images for two other cell types. Figure 7.5(b), (c), and (d) is an image of a
MCEF-7 cell, an epithelial cell from a breast cancer cell line. Figure 7.7(b), (c), and
(d) shows a germ-line cell from a mouse. The morphology of the MCF-7 cells is
different from the morphology of the HeLa cells although the nuclei and the cyto-
plasm are similar in size. The cell here has two large nucleoli, which are also typical
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20pm

Fig. 7.5 Raman images of an MCF-7 cell: (a) A microscopic picture, (b) Raman map recon-
structed from the scattering intensities of the C—H stretching vibrations. (¢) and (d) The results of
multivariate data analysis algorithms HCA and VCA, respectively, are shown. The HCA algorithm
depicts the nucleus and differentiates regions in the cytoplasm. The VCA calculation resulted in
discrimination between the cell body and the lipid-rich regions in the cytoplasm

for HeLa cells. However, MCF-7 cells appear to have relatively large vesicle-like
inclusions, which can be noticed as dark spots in the optical image (Fig. 7.5a) and
very bright areas in the Raman image (Fig. 7.5b).

The HCA algorithm again easily distinguishes the nucleus and several regions
in the cytoplasm including the above-mentioned very bright spots of high Raman
intensity. The associated Raman spectra are plotted in Fig. 7.6(a). The mean cluster
spectra of the nucleus and from the cytoplasm are again very similar to the mean
cluster spectra from nucleus and cytoplasm of the HeLa cells. The light green and
green regions are again likely to be associated with the distribution of mitochon-
dria. Very different spectral features can be noticed for the spectra from the red
and orange regions that correlate very well with the areas that show the vesicle-like
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Fig. 7.6 (a) Mean cluster average spectra from the HCA results shown in Fig. 7.5(c). Gray trace:
nuclear region; light green: mitochondria-rich region; blue: cytoplasm. (b) Raman endmember
spectra from the VCA image in Fig. 7.5(d). Blue trace: nuclear spectrum; orange and red trace:
lipid- or phospholipid-rich region in the cytoplasm

inclusions with high scattering intensities. Comparing these spectra with the lipid
and phospholipid spectra from Fig. 7.2 it is obvious that the regions are of high
lipid or phospholipid content. It is most likely that these vesicle-like inclusions rep-
resent a combination of endosomes, lysosomes, transport vesicles, and metabolic
intermediates.

Applying the VCA algorithm to the data set of the MCF-7 cell resulted in three
distinct endmembers, which are plotted in Fig. 7.6(b). The blue endmember is again
a typical protein spectrum. The red endmember shows typical lipid features and the
orange endmember appears as a superposition of spectral characteristics of proteins
and lipids. The abundances of the endmembers are shown in Fig. 7.5(d). The images
reconstructed from both algorithms are in very good agreement. Interestingly, the
algorithm did not discriminate the regions with high mitochondria concentration.
This was found to be typical for data sets from this particular cell type and is perhaps
due to the high lipid content in these cells. The distinct spectral features of the alkane
side chains may obscure the spectral contrast between the regions of high and low
mitochondria concentration.

Figure 7.7(a) shows the picture of a mouse oocyte. Oocytes are germ-line cells
(egg cells) at a specific developmental stage within the reproductive track. Oocytes
undergo several stages of maturation before being ready for fertilization. Their mor-
phology is very different from the morphology of any somatic cell. The chromatin
is arranged in a germinal vesicle and the cytoplasm is very proliferative and rich
in nourishing proteins. Mouse oocytes are usually 80-100 pm in diameter, which
can be a time challenging size for Raman data acquisition with good signal-to-noise
ratio at the best possible spatial resolution. The HCA and VCA algorithms again
readily find three different kinds of spectra, which are plotted in Fig. 7.8(a) and
(b). The associated cluster and abundance maps are displayed in Fig. 7.7(c) and
(d) in the accustomed fashion. The overall protein matrix is shown in blue. Spectra
with significant lipid or phospholipid contributions are in red and reveal most likely
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Fig. 7.7 Raman images of a mouse oocyte cell: (a) A microscopic picture, (b) reconstructed image
from the scattering intensities of the C—H stretching vibrations. (¢) and (d) The results of multivari-
ate data analysis algorithms HCA and VCA, respectively, are shown. The algorithms discriminate
between lipid-rich regions shown in red, likely to be associated with smooth-surfaced endoplasmic
reticulum and different protein compositions in the cytoplasm

complexes of smooth-surfaced endoplasmic reticulum (SER) as commonly found in
these cells [37]. The green regions and spectra are presumably again related to the
distribution of mitochondria that are very abundant to support nourishing processes.
The distribution patterns of the green areas agree very well with distribution patterns
of mitochondria found in oocytes [38]. Mitochondrial distribution is known to be
related to oocyte health and is an indicator for pre-implantation viability [38].

In general, the imaging results for the three cell types presented here are very
satisfying. The images based simply on the Raman intensities show great resolu-
tion (Fig. 7.7b) and can certainly rival optical images from light microscopy. Very
interesting is the quality of the images generated from the multivariate data anal-
ysis algorithms. For the distribution of mitochondria, for example, we were able
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Fig. 7.8 (a) Mean cluster average spectra from the HCA results shown in Fig. 7.7(c). Blue trace:
cytoplasm; light green: cytoplasm; red: lipid-rich regions. (b) Raman endmember spectra from
the VCA image in Fig. 7.7(d). Blue trace: cytoplasm; green trace: cytoplasm; red trace: lipid- or
phospholipid-rich regions

to demonstrate that it is possible to correlate the outcome of these algorithms with
organelle-specific stains. Imaging the mitochondrial distribution can provide crucial
information in experiments monitoring drug response to compounds that trigger
apoptosis. For the cell types shown here, the HCA and VCA algorithms delivered
similar insight about the cell morphologies, whereas the VCA apparently resulted
in slightly better spatial resolution.

7.3.2 Drug Delivery Systems

Many biologically active compounds that may have the potential to be used as
therapeutic agents exhibit low efficiency in in vivo experiments due to low bio-
availability at the site of action [39, 40]. Apart from physiological reasons, such as
metabolic changes before the compound reaches its target organ or tissue, physical
properties (for instance, solubility, hydrophobicity, or the pKa value) may hinder
the desired activity of a drug. In many treatments, especially in cancer therapy, the
active compound has to pass through the cellular membrane to reach its site of
action inside the cells of the diseased/target tissue. Furthermore, once inside the cell
a compound may be recognized as foreign and be degraded by lysosomal pathways.
To overcome these problems, it would be beneficial to deliver the active compound
to the actual site of action, not only to the target tissue but also to the cellular
organelles where bioactivity/effect is greatest [22]. Possible intracellular targets are
the nucleus for gene therapy [39, 41-43], mitochondria for pro-apoptotic therapy
[42, 44], or lysosomes for the therapy of lysosomal storage diseases. Cellular and
subcelluar targeting could increase the efficiency of a drug while decreasing the
magnitude and occurrence of side effects.
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Such considerations have led to the development of so-called drug delivery sys-
tems. Extensive research exploring possible chemical structures of drug delivery
systems has been performed. Many of these structures are small self-assembling
systems that form nanoscale vesicles. These nanoparticles can enclose various com-
pounds and can be designed such that release does not take place before the deliv-
ery system has reached its target site. Among the most popular self-assembling
nanocarriers are lipid bilayer structures or liposomes, amphiphilic molecules that
form micelles and particles composed of biodegradable polymers. To support cell
membrane penetration, organelle specificity, or to bypass lysosomal degradation, the
surface of these particles may be modified with antibodies, cell penetrating peptides,
or the particles may be constructed from molecules that are pH sensitive and thus
release their drug load after entering a low pH environment, such as that of a cancer
cell.

So far, the most common approach to image nanoparticle uptake and subcellular
distribution is to add a small percentage of a fluorophore to the particles [22, 40].
In principle, this method provides important insight and information about cellular
uptake and distribution patterns. However, if the fluorescent labels are not cova-
lently bound to the nanoparticle constituents, the fluorophore may diffuse out of the
particles and subsequently show a different distribution that does not correlate with
the distribution of the nanocarriers. Although fluorescent labels are widely used in
biological applications, fluorophores are generally bulky compounds and the extent
of fluorophore interference with the innate activity of drug is a topic surrounded by
much contention. If the fluorophore is covalently attached to the nanoparticles’ com-
ponent molecules, it may alter the chemical properties and biological behavior of the
core material. Alternative techniques for cellular imaging and trafficking would be
invaluable in verifying the results of fluorescent imaging and to compensate for the
aforementioned pitfalls of common fluorescent labeling. In the following sections
we are introducing the results of intracellular uptake and trafficking kinetics of drug
delivery systems using the spectral information of Raman image acquisition.

7.3.2.1 Liposomes

As mentioned before, one of the promising delivery systems are liposome-based
structures. Liposomes are constructed from self-assembling phospholipid molecules
that consist of hydrophobic alkane chains and a hydrophilic head group. The
molecules form a membrane-like bilayer where the hydrophobic parts point toward
each other. The size of these spherical bilayers can vary from around 50 nm up to a
micron. The feasibility of liposomes as drug delivery systems has been repeatedly
demonstrated [45-47]. Although important information regarding the uptake kinet-
ics of liposomes by cells as well as their intracellular distribution and degradation
is obtained by applying various techniques, such as small-angle X-ray spectroscopy
[47], fluorescence microscopy [40], flow cytometry, and spectral bio-imaging [48],
many issues related to the fine mechanisms of the liposome/cell interaction remain
unresolved.
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In order to distinguish the phospholipids of the liposomes from those naturally
occurring in intracellular membranes, the hydrogen atoms of the alkyl side chains
were exchanged with deuterium. As long as the deuterium is covalently bound to
the molecule of interest, its chemical properties remain unaltered. This approach
may generally serve as a non-invasive labeling technique to study the uptake and
intracellular fate of pharmacologically active compounds. The scattering intensities
of C-D vibrations are usually very pronounced and shifted away from the C-H
intensities by around 800cm™! into a spectral region where neither proteins nor
nucleic acids have any spectral features, thus providing high sensitivity because of
the absence of spectral overlap.

Figure 7.9 shows a Raman spectrum of liposomes composed of deuterated
1, 2-distearoyl-d7o-sn-glycero-3-phosphocholine (DSPC-d79) in an aqueous envi-
ronment. The spectrum is clearly dominated by the scattering intensities of the C-D
vibrations of the aliphatic side chains between 2000 and 2310 cm™!. All other peaks
in the region between 650 and 1800 cm™" are of lower intensity. The C—H stretches
of the un-deuterated bonds of the phosphoester residue appear between 2800 and
3020 cm™~!. Spectra of pure vesicles in water were acquired as single position spec-
tra at 2 s exposure.

Figure 7.10 shows Raman images of MCF-7 cells incubated with DSPC-d7q
liposomes for 12 h at a concentration of 2 mg/mL. The pictures in the first column
(A1-A3) are Raman images based on the C—H stretching intensities, reflecting dif-
ferent density or water content within the cells. Nucleus and nucleoli can be well
distinguished from the cytoplasm. Again, the very bright areas within the cytoplasm
correspond to small vesicle structures found to be typical for this particular cell type.
The images from the second column (B 1-B3) were constructed from the abundances
of the three most dissimilar spectra or endmembers found by the VCA algorithm.
The endmember spectra are shown in column 3 (C1-C3). The green endmembers
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10 um

Fig. 7.10 Raman and VCA images of MCF-7 cells incubated with DSPC-d7¢ liposomes for 12 h:
(a) images in the first column were reconstructed from the C-H stretching intensities, (b) the
images in the second column were generated using the VCA algorithm for the spectral regions
of 750-1800, 2000-2300, and 2800-3100cm™~". (c) The third column shows the corresponding
endmember spectra. The abundances plotted in red show the distribution of the liposomes, blue
are lipid-rich regions, green is for proteins

show the typical protein features as discussed in the previous section. By plotting
the abundances, the cell bodies are beautifully constructed.

The blue endmembers show very typical features of lipids or phospholipids,
which show the distribution of the small vesicles. The red endmembers are very
similar to the spectra of the deuterated liposomes and therefore reveal the distribu-
tion of the liposomes inside the cells.

It can be clearly seen that after 12 h of incubation time a significant amount of
liposomes has entered the cells. It appears that they aggregate as small droplet-like
inclusions (probable endosomes), which can be found all over the cell body. The
size of these aggregates is about 1-2 um or smaller. It is known that liposomal
nanoparticles enter the cell via macropinocytosis [22, 49], which can be followed
by secondary endocytosis and could lead to aggregation on the micrometer scale.
However, Rayleigh scattering of very small particles can lead to spots of apparent
size larger than the effective one. Thus, some of the observed spots may in real-
ity be smaller than the theoretical spatial resolution. Twelve hours of incubation
time was needed in order to reproducibly detect liposomal inclusions in most of
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3 hours 6 hours 9 hours

8um

Fig. 7.11 VCA generated images of MCF-7 cells incubated with TATp-modified DSPC-d7g lipo-
somes for 3, 6, and 9h (color coding as in Fig. 7.10). The abundances of the modified liposomes
are shown in red. The corresponding endmember spectra are shown in Fig. 7.12

the cells. After 6 h, very few cells showed inclusions. It is reasonable to assume
that between 6 and 12 h the amount of uptake increases linearly before it reaches
a plateau. Interestingly, longer incubation times up to 24 h did not result in signifi-
cantly more inclusions. However, the longer the incubation time, the more inclusions
were found in the perinuclear region rather than around the cell peripheries [50]. For
every incubation time approximately 10 cells were imaged.

In order to enhance the uptake, liposomes were modified with a cell-penetrating
peptide, derived from a trans-activating transcriptional activator (TATp) peptide
from HIV. Carrier systems modified with the TAT peptide are currently considered
very promising for drug delivery systems. Figure 7.11 shows the VCA images of
MCE-7 cells that were incubated with TATp-modified DSPC-d7 liposomes for 3,
6, and 9 h.

As in the previous images, the protein distribution is plotted in green; regions rich
in lipids or phospholipids are plotted in blue and the localization of the liposomes
are depicted in red. Very obvious is the tremendous enhancement of the uptake effi-
ciency. Not only is the amount of liposomes that penetrate the membranes increased
but also the necessary incubation times are significantly reduced. After 3h large
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aggregates can be seen around the edges of the cells. Another 3 h of incubation lead
to the penetration of the whole cell body, and after 9 h the liposome concentration
appears to be largest in the perinuclear region. Due to the enhancement in uptake,
the translocation of the liposomes inside the cell bodies can be clearly followed.

Comparing the endmembers associated with the individual incubation times
shown in Fig. 7.12, it is of interest to notice that the endmembers from the cells
incubated for 3 h show the distinct features of the protein, lipid, and liposome com-
ponents, whereas the blue endmember spectra associated with the lipid-rich regions
for the 6 and 9 h incubations show significant contributions from the C-D vibrations
of the liposome phospholipids. Currently, it is not known what the long-term fate of
the phospholipids introduced by the uptake of liposome structures is. Even though
active intracellular fusion processes of lipids from nanoparticles are entropically un-
favored, model studies have shown that lipid transfer between membrane vesicles
is generally possible [51-53]. It is conceivable that over time phospholipids from
liposomes become incorporated into intracellular membranes.
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Fig. 7.12 VCA endmember spectra from cells incubated with TATp-modified DSPC-d7¢ lipo-
somes for (a) 3, (b) 6, and (c) 9 h. The corresponding abundances are shown in Fig. 7.11

7.3.2.2 Biodegradable Polymeric Nanocarriers

Under physiological conditions a number of polymers get degraded, usually
by hydrolysis, and therefore offer a variety of biomedical applications. Several
biodegradable polymers have been tested as platforms for nano-sized carrier sys-
tems. Apart from applications as nanocarriers, biodegradable polymers may serve
as coatings for cardiovascular stent implants or as aerosol particles for intrapul-
monary drug delivery [54-56]. Among the most popular polymers, which have
been approved by the American Food and Drug Administration (FDA) for ther-
apeutic devices, are particles based on poly(ethylene glycol) (PEG) also called
poly(ethylene oxide), (PEO), poly(D,L-lactic-glycolic acid) (PLGA), and poly
(e-caprolactone) (PCL). Employing solvent displacement methods in an organic
solvent/water system, the polymers assemble into nano-sized particles, which can
subsequently be loaded with smaller molecules.
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The particles used in the studies described here were composed of a PEO-PCL
polymer blend. To further test the capability of Raman microscopy to follow the
uptake of deuterated species, a set of experiments was performed in which the actual
payload of the carrier system was deuterated. As a biologically active species, a
compound of the ceramide family was selected. Ceramides are known to act as
second messenger signaling molecules involved in differentiation, proliferation, and
apoptosis [57]. Endogenous ceramide (synthesized by sphingomyelin hydrolysis or
by de novo synthesis) elicits a response to extracellular stimuli such as irradiation
and chemotherapeutic agents [57, 58]. Ceramides contribute to the apoptotic path-
way through the activation of apoptotic inducers, the creation of protein permeable
channels in the mitochondria outer membrane and the clustering of CD95 (death
receptor) in cell membranes [57, 59]. The molecule chosen here was N -palmitoyl-
ds1-D-erythro-sphingosine (C16-d3; ceramide), in which the fatty-acid side chain
was fully deuterated.

Figure 7.13 shows the Raman spectra of the plain PEO-PCL nanoparticles, the
C16-d31 ceramide, and the particles loaded with 20% w/w ceramide.

All spectra are dominated by the C—H stretching intensities between 2800 and
3100cm~!. The C-D stretching vibrations of the deuterated alkyl side chain are
shifted to 2030 and 2230 cm™!. The spectrum of the loaded particles can be seen as
a superposition of the ceramide and the PEO-PCL spectrum.

Figure 7.14 shows the VCA images of HeLa cells treated with C16-d3; ceramide-
loaded PEO-PCL nanoparticles for 7 and 14 h. Again, the abundances of the three
most dissimilar endmembers were used to reconstruct the images. The distribution
of the endmembers resembling protein spectra are plotted in blue, the endmembers
that contain the C-D intensities from the deuterated alkyl chains of the ceramide are
in red. The third endmembers are plotted in green and are likely to correlate with
the regions where a high concentration of mitochondria is expected. Similar to the

A
B
Fig. 7.13 Raman spectra of
the plain poly(ethylene
oxide)-modified
poly(epsilon-caprolactone) C
(PEO-PCL) nanoparticles (a), . ; ! . . r '
the C16-d3) ceramide (b), 500 1000 1500 2000 2500 3000 3500 4000

and the particles loaded with
20% of the ceramide (c) Wavenumbers in crrr!
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7 hours

14 hours

Fig. 7.14 VCA images of HeLa cells treated with C16-d31 ceramide-loaded poly(ethylene oxide)-
modified poly(epsilon-caprolactone) (PEO-PCL) nanoparticles for 7 and 14 h. The distribution of
the deuterated ceramide is shown in red

liposomes, the PEO-PCL particles appear as small aggregates, which are present
within the cytoplasm after 7 h of incubation. Apart from the bright red spots one can
notice areas of a darker red color that seem less dense. Spectra from both regions
along with an enhanced image of cell C are shown in Fig. 7.15.

The spectrum from the bright red aggregates still exhibits spectral features asso-
ciated with the PEO-PCL particles, since the shape of the C—H stretching band is
very similar and the peak of the ester linkage of the PCL is obviously present. The
spectra from the dark red regions, on the other hand, do not show these features. The
ceramide molecules are still associated with the nanoparticles in the bright regions
and but have dissociated from the nanocarrier in the dark red regions. The C-D
intensities of the dark red regions rather overlay with spectral features from proteins.
Thus, either the ceramide diffused out of the particles or the particles/polymers have
already been transformed through cellular metabolism. Little is known about the
lifetime of these particles inside the cytoplasm. However, one can notice a very fine
distribution of the ceramide within the cytoplasm. It does not seem likely that the
molecules originate from the aggregates shown in bright red.

Consistent with the liposome experiments, incubation times were selected such
that most of the cells had incorporated significant amounts of nanoparticles, which
was apparent after 7 h. Incubation for another 7 h did not result in significant addi-
tional uptake. Images for 14 h of incubation are shown in the second row in Fig. 7.14.
Similar to the results for 7 h, the C—D intensities are associated either with spectral
features from the nanoparticles or with spectral features from proteins. It is possible
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Fig. 7.15 VCA image of a HeLa cell incubated with C16-d7( ceramide-loaded poly(ethylene
oxide)-modified poly(epsilon-caprolactone) (PEO-PCL) particles and Raman spectra with high
and low C-D stretching intensities. The spectra from the bright red regions (a) still show spectral
features of the PEO-PCL particles, whereas the spectra from the dark red regions (b) have typical
protein features indicating a dissociation of the deuterated ceramide from the nanoparticles

that the upper limit of the uptake processes is regulated by how much each individual
cell is able to tolerate. It is not possible to say at this point, whether the limitation is
set by the amount of nanoparticles, by the amount of ceramide, or by other factors
such as particle size or shape. With respect to the amount of uptake, the results
from the experiments with the PEO-PCL nanoparticles are similar to the results
from the liposome study. In both cases a certain level or limit was reached after
approximately 7 h for the PEO-PCL particles and 12 h for the liposomes. Although
it is difficult to quantify the amount of particles that are taken up, it seems that
fewer of the PEO-PCL particles get into the cell, but they tend to form larger aggre-
gates. The time frame of 7h was apparently sufficient for the cells to metabolize
some of the polymeric nanoparticles, whereas the liposomes were stable and showed
only translation to the perinuclear region. The experiments with the TATp-modified
liposomes indicated clearly that the phospholipids from the liposomes fuse with
intracellular membranes. Perhaps very long incubation times with the non-modified
liposomes would show the same result. Thus the fate of the delivery systems based
on liposomes and polymeric nanoparticles is completely different. By comparing
the incubation times needed to reach a level of saturation, it is possible to conclude
that the PEO-PCL particles are taken up faster, by about a factor of 2, than the
non-modified liposomes.
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7.4 Discussion

The results presented here show the great potential of Raman microscopy for cell
imaging applications. In terms of spatial resolution, the images can clearly rival
conventional optical microscopy yet with the benefit of adding compositional infor-
mation. Perhaps the greatest advantage of the technique is that main cellular features
or organelles, such as the nucleus, nucleoli, mitochondria, or lipid-rich regions, can
be visualized without any external labels. Although fluorescence staining protocols
are widespread and well established in biology, they are often laborious and diffi-
cult to reproduce. Multiple staining procedures may be needed to image more than
one feature. As demonstrated here, Raman microscopy in combination with mul-
tivariate data analysis offers an interesting alternative for label-free non-invasive
imaging. The employed methods have, by no means, been exhausted. Different
spectral regions may be more sensitive to different types of organelles, and different
algorithms may extract different spectral information. To correlate the outcome of
multivariate data analysis with well-established staining techniques is an ongoing
effort in our research.

The results of the HCA and VCA algorithms are highly intriguing. Both algo-
rithms recognize main morphological features in all three cell types presented here.
As mentioned before, HCA leads to very good signal-to-noise ratios in the mean
cluster spectra. Although HCA is computationally expensive, for very noisy data
sets the method may be preferable over the VCA algorithm. VCA, on the other
hand, is faster and results in better image contrast because the algorithm does not
average over neighboring pixels. Depending on the nature of the data set one or the
other method may be favorable.

For the uptake experiments of the nanocarrier systems, the VCA generally gave
better results. Since the particle aggregates for the non-modified liposomes and the
PCL particles are rather small, only a few pixels have the associated spectral features
(in this case the C-D stretching intensities); these were usually missed by the HCA.
For VCA to work well, distinct spectral contrast is needed. Since the C-D stretching
modes do not overlay with any other Raman bands, sufficiently high sensitivity was
achieved.

The outcome of the uptake experiments is very encouraging. The main emphasis
of the model studies presented here was to show that Raman microscopy may serve
as a new imaging modality to follow the uptake and intracellular fate of biologi-
cally interesting compounds. The experiments show that the technique certainly has
enough sensitivity. It was possible to image the uptake of liposome-based systems
as well as drug-loaded polymeric nanocarriers. For the latter, the dissociation of the
active compound was successfully monitored. Especially the concept of deuterium
labeling is very promising. In principle, any organic molecule may be labeled with
deuterium. Provided that enough of the substance of interest gets incorporated into
the cell body, Raman microscopy may offer plenty of possibilities to non-invasively
study uptake mechanisms, efficiencies, and metabolic transformations of various
compounds on cells grown in in vitro cell cultures.
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Chapter 8
Confocal Raman Microscopy in Pharmaceutical
Development

Thomas F. Haefele and Kurt Paulus

Abstract There is a wide range of applications of confocal Raman microscopy
in pharmaceutical development. It is a powerful tool to probe the distribution of
components within a formulation, to characterize homogeneity of pharmaceutical
samples, to determine solid state of drug substances and excipients and to character-
ize contaminations and foreign particulates. The information obtained by confocal
Raman microscopy is extremely useful, sometimes even crucial, for drug substance
design, for the development of solid and liquid formulations, as a tool for process
analytics and for patent infringements and counterfeit analysis. In this chapter, those
aspects and applications will be presented, focusing on solid drug formulations. This
chapter will also reveal the advantages and demonstrate the synergies of Raman
mapping as compared to similar imaging methods such as SEM/EDX, NIR and
MIR imaging.

8.1 Introduction

Pharmaceutical development links research and production. It starts with the
takeover of a lead compound (the drug) from research and continues until the final
drug product is launched on the market. It comprises all steps necessary to deliver
a safe, effective and economic drug to the patient. Until the launch of a pharma-
ceutical product, extensive efforts are required to explore its toxicology, to develop
a vehicle for drug delivery, to generate clinical data on safety and efficacy and to
invent robust processes to manufacture the drug and the drug product. Everything
needs to fulfil regulatory requirements for a successful registration. There is a wide
range of applications of chemical imaging (CI) in pharmaceutical development. CI
is powerful to probe the distribution of components within a formulation, to char-
acterize homogeneity of pharmaceutical samples, to determine solid state of drug
substances and excipients and to characterize contaminations and foreign partic-
ulates. The information obtained by chemical imaging, in particular by confocal
Raman microscopy, is essential, sometimes even crucial, for drug substance design,
for the development of solid and liquid formulations, as a tool to assure process
quality and for counterfeit analysis. Complex systems from the submicron up to
the macroscale can be investigated. Especially in combination, chemical imaging
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methods exhibit their full potential and the information obtained is very com-
plementary. The more methods employed, the more comprehensively a system is
described.

Raman spectroscopy is successfully applied for a manifold of tasks in the whole
process of drug discovery and drug development. In this chapter we will focus
on the applications of confocal Raman microscopy for the technical aspects of
drug development. Usages of Raman technology to investigate biomedical tissue
or cells, either in vivo or ex vivo, will not be reviewed. For implementations
of Raman spectroscopy in this field we would like to refer to other literature
[1,2].

By far the most commonly employed and most compliant dosage forms today
are solid oral dosage forms (e.g. tablets). On the other hand, synthetic chemical
molecules of limited molecular weight (typically smaller than 1000 g mol~") depict
the main class of active pharmaceutical ingredients (API). Biological APIs, such as
proteins, antibodies and enzymes, are contained only in a minor part of marketed
products.

In this chapter we will describe the application of confocal Raman microscopy
to characterize solid dosage forms of small synthetic APIs, not only due to their
importance and predominance but also due to other aspects: when investigated with
Raman spectroscopy both solid materials and small synthetic molecules yield more
information (sharper and stronger signals) and are simpler to investigate compared
to liquids and large biological molecules. We elucidate relevant aspects and appli-
cations of chemical imaging. Also we will discuss advantages and demonstrate the
synergies of complementary imaging methods when applied in combination. The
content of this chapter is relating to industrial applications and much of the data
and figures presented are from investigations of IP (intellectual property)-protected
specimens. Comprehensive descriptions and details of samples can thus not be
given, structural and spectral features not be presented.

8.1.1 Vibrational Spectroscopy in Pharmaceutical Development

8.1.1.1 Analytical Requirements

When a lead compound is handed over from research to development, often only
the molecular structure and a limited number of physical parameters are known
(besides, of course, biomedical target and mode of action). In technical develop-
ment, first an efficient and economic synthesis pathway for the drug substance needs
to be discovered or optimized and the reactions required need to be upscaled to
production scale. The output of such processes should be not only chemically pure
substances but also materials possessing optimized physical and physicochemical
properties. Particle size, particle shape and most importantly solid state (polymor-
phism and salt form) need to be optimized according to specific needs. A tailor-
made particle design is the base for a stable drug product formulation as well as
reproducible pharmacology.
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In parallel to drug substance development, drug product development takes place.
A route of administration and a suitable dosage form need to be defined and tested,
formulation processes need to be optimized and scaled up.

All these steps require substantial analytical support. Especially the release of
materials for clinical testing requires extensive analysis. The workhorse for rou-
tine analytics is liquid chromatography, but the list of methods to fully characterize
a material and prove its safety is very long. Almost every producer of analytical
equipment has invented some kind of more or less significant applications of his
technology for the (once) sound and solvent cash cow — pharmaceutical industry.
Thus any available analytical method is somewhere employed in pharmaceutical
development, either in-house or externally.

Apart from release of clinical material the most critical analytical challenge is the
characterization of the solid state of the active pharmaceutical ingredients. Polymor-
phism is the ability of a compound to crystallize as more than one distinct crystal
species. This means that different polymorphic forms (or polymorphs) have differ-
ent arrangements or conformations of the molecules in the crystal lattice. Solvates,
also known as pseudopolymorphs, are crystal forms having either stoichiometric
or nonstoichiometric amounts of a solvent incorporated in the crystal lattice. If the
incorporated solvent is water, the solvate is commonly known as a hydrate. If a solid
does not possess a distinguishable crystal lattice and the molecular arrangement of
molecules is disordered, it is considered amorphous. The amorphous state is struc-
turally similar to the liquid state [3-5].

Polymorphic forms of a drug substance can have different chemical, physical and
physicotechnical properties. Differences can occur, e.g. in

e Packing properties (density, refractive index, conductivity, hygroscopicity)

e Thermodynamic properties (melting point, heat capacity, vapor pressure,
solubility)

e Kinetic properties (dissolution rate, stability)

e Surface properties (surface free energy, interfacial tension, shape, morphology)

e Mechanical properties (compactibility, tensile strength)

These properties can have a direct effect on the ability to process and manufacture
the drug substance and the drug product. Polymorphism further has pharma-
cological implications due to altered effectiveness and suitability for a partic-
ular formulation. Finally, polymorphism also effects regulatory approval and
intellectual property issues. Thus, polymorphism of an active pharmaceutical
ingredient (API) can affect the quality, safety, efficacy and developability of a
drug product and is therefore of fundamental importance in pharmaceutical industry
[6, 7].

In addition to polymorphic modifications a drug substance can be crystallized
in different salt forms. Any drug substance can be classified as either an acid
or a base because the drug substance possesses the ability to react with other,
stronger acids or bases. As such, the drug substance also would possess the abil-
ity to exist as an ionic species when dissolved in suitable fluid media. If an API
is crystallized together with an appropriate counterion, a salt can be generated.
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There is a wide range of cationic as well as anionic counterions available. Screen-
ing of the best available and crystallizable salt is performed routinely with every
novel chemical entity. Similar to polymorphism, salt forms are varying from each
other in the degree of solubility and many other physical and chemical factors,
as denoted for polymorphs. If the characteristics of the free acid or free base are
found to be not acceptable an appropriate salt form might provide improved aque-
ous solubility, dissolution rate, hygroscopicity, chemical stability, melting point or
mechanical properties of a drug substance. There are a number of methods that
can be used to characterize polymorphs and salt forms of a drug substance. X-ray
powder diffraction (XRPD) is regarded as the gold standard for solid-state analy-
sis. Other methods include thermal analysis (e.g. differential scanning calorimetry
(DSC) and thermal gravimetric analysis (TGA)), hot-stage microscopy, solid-state
nuclear magnetic resonance spectroscopy (ssSNMR) and last but not least vibrational
spectroscopy.

8.1.1.2 Infrared Spectroscopy

Vibrational spectroscopy is in any case one of the more significant classes of ana-
lytical methods used in pharmaceutical development. Not only solid-state analysis
but also a wealth of other applications is feasible. Mid-infrared (IR) spectroscopy is
very commonly employed to prove chemical identity and to characterize solid state.
Even though IR spectroscopy is simple to perform and cheap to acquire, it normally
yields only limited information and additional analytical methods are required as a
backup.

Near-infrared (NIR) spectroscopy is gaining much of importance in recent years,
mainly driven by the initiative of the International Conference on Harmonization
(ICH) for Quality by Design (QbD) [8] and by the US Food and Drug Admin-
istration (FDA) Guidance on Process Analytical Technology (PAT) [9]. Scientific
process understanding shall support innovation and efficiency in pharmaceutical
development, manufacturing and quality assurance. NIR is thus employed through-
out processing and manufacturing to monitor quality as well as performance param-
eters in production-based systems. Not only NIR spectroscopy but also NIR imaging
using a microscope-mounted focal plane array (FPA) detector is employed. Both
quantitative and qualitative analyses are feasible and NIR can also be deployed
in-line of a production line [10].

Terahertz (THz) spectroscopy and terahertz imaging evolved only very recently.
They make use of THz frequencies, which lie in between microwaves and near-
infrared. Complementary to the other vibrational spectroscopy methods, terahertz
spectroscopy also allows the characterization of solid states [11, 12]. The devel-
opment of terahertz chemical imaging is still in its infancy. Due to the intrinsic
limitation of chemical information obtained it is mainly employed to investigate
tablet integrity as well as coating uniformity and thickness [13]. It is also reported
that THz imaging was successfully employed to investigate the spatial distribution
of excipients on tablet surfaces [14].
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8.1.1.3 Raman Spectroscopy

The applications of Raman spectroscopy in the pharmaceutical environment are dis-
cussed more in detail. Raman spectroscopy is applied routinely to resolve a wide
range of tasks. Due to the easy or even needless sample preparation, as well as
the ability to measure in aqueous environment, it is a very important technology
[2]. Its main application is within solid-state analysis. Apart from XRPD, DSC
and TGA, Raman spectroscopy is the most beneficial tool to characterize polymor-
phic forms. Vibrations originating from the crystal lattice (phonons) and from the
carbon backbone yield much stronger signals in Raman compared to IR and NIR
spectroscopy. In addition, the low wavenumber region, where most of the relevant
vibrational information on the solid state is contained, is easily accessible by Raman.
Specially designed spectrometers allow the registration of Raman spectra down to
50rel. cm™!.

Due to the ability of small-volume sampling, speed of data acquisition, finger-
printing capabilities and automated high-throughput analysis of multi-well plates,
Raman spectroscopy is routinely used for polymorph and salt screening [15, 16].

Due to these high-throughput screening (HTS) capabilities, Raman spectroscopy
is also implemented to support structure elucidation in combinatorial and parallel-
synthesis technologies. Because of the intrinsic lack of structural information it is
only complement to backup IR. Asymmetrical functional groups with a large dipole
moment do not yield strong signals in Raman spectroscopy in contrast to IR [17].

Market approval of a new drug product requires extensive testing of prod-
uct stability. Ageing and stressing under defined conditions of temperature and
humidity for long time periods are inevitable. Owing to the HTS potential Raman
spectroscopy is also routinely employed for stability screening of drug products
[18-21].

Raman is also employed as PAT technology. Being insensitive to aqueous sol-
vents Raman spectroscopy is an appropriate tool for reaction monitoring. Glass
signals do not interfere and thus direct product analysis in vials and process quality
control using fibre probes is feasible [22, 23].

Non-invasive in nature and easy and fast to perform, Raman spectroscopy is also
a suitable tool for counterfeit identification. Counterfeits generally either do not
contain any API or contain a different API. Raman allows distinguishing between
genuine and counterfeit product either by identification of the ingredients or even
by investigation of (fake) packaging [24].

8.1.2 Imaging in Pharmaceutical Development

8.1.2.1 Light Microscopy

Microscopes of almost any kind are in use within pharmaceutical development.
Depending on the probe or radiation deployed, visual investigations can be per-
formed from the macroscale down to a few nanometres. Often not only surfaces
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can be visualized but also information can be gained from the inner structure of
a specimen. The most commonly employed microscopes are light microscopes.
Available in various setups almost only the financial budget limits the resolution
and available methods. Simple stereomicroscopes are very prominent and abundant
tools to get a rough idea of visual appearance of any kind of sample. More advanced
light microscopes for material testing are less often encountered in pharmaceutical
laboratories. Both upright stands and inverse systems with optical beam paths for
incident and transmitted light are in use. In combination with motorized sample
stages and image analysis, automated investigations of large numbers of samples or
large sample areas are feasible [25, 26].

Apart from simple bright-field microscopy by far the most important illumination
technique is polarized light microscopy. It is usually performed with a polarizing
element below the sample to produce plane polarized light and an analyser that is
set to give total extinction of the background and thus to detect any birefringence.
Polarized light microscopy can distinguish between isotropic and anisotropic mate-
rials. Isotropic materials (e.g. gases, liquids, unstressed glasses) demonstrate the
same optical properties in all directions. Anisotropic materials, in contrast, have
optical properties that vary with the orientation of incident light with the crystal-
lographic axes. They demonstrate a range of refractive indices depending both on
the propagation direction of light through the substance and on the vibrational plane
coordinates [27, 28].

Polarized light microscopy is very efficient to investigate particle shape, par-
ticle size and in combination with image analysis also particle size distribution.
But in the latter case, a A/4 filter must be used, to change the character of polar-
ization of light from linear to circular and thus to avoid an extinction of particles
caused by 90° crossed polarizers. In addition to the ability to detect any birefrin-
gence it is very powerful in exploring crystal growth and crystallinity in general. In
combination with a hot-stage, temperature-dependent phase transformations can be
observed. Not only melting points but also eventual solid-state transformations can
be followed [29, 30].

Contrasting methods commonly employed in biological sciences such as phase
contrast or differential interference contrast (DIC) to visualize thin low-contrast
structures such as cells are required for creams and ointments to increase the con-
trast of the border of emulsion droplets. Histological approaches to increase contrast
(e.g. staining) are uncommon for investigation of pharmaceutical materials by light
microscopy.

Fluorescence microscopy in contrast, another typical tool from biological sci-
ences, is a very valuable tool also in pharmaceutical material sciences. Many APIs
exhibit autofluorescence due to functional groups. Polymeric and inorganic excipi-
ents not uncommonly reveal also an intrinsic fluorescence. Even though the emis-
sion wavelengths are very unspecific and difficult to assign, valuable information
can be obtained on the homogeneity and uniformity of a mixture [31-33].

An interesting approach to further investigate the structure of a dosage form
as well as its dissolution behaviour is the substitution of the API with a model
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fluorescent dye. In this way, distribution of the API in the formulation and the release
of the API from the formulation can be simulated [34].

Time-dependent disintegration of tablets is a further area, in which light
microscopy can be applied. The understanding of such complex dissolution reac-
tions is crucial for method development. This has been shown recently by investi-
gating drug release of osmotic depot systems by stereo-light microscopy [35].

8.1.2.2 Electron Microscopy

Electron microscopy is evenly used to probe visual appearance of pharmaceutical
samples. Most advantageous is scanning electron microscopy (SEM), which is rou-
tinely employed for drug substance analysis. Extremely high resolutions down to a
few nanometres and a very flexible field of view make it a very powerful tool. Trans-
mission electron microscopy (TEM) is rarely employed, mainly due to the demand-
ing sample preparation and limited sample contrast. But when highest resolution
for investigation of finest nanostructures is required, TEM is the most powerful
method.

When a material is probed using a focused electron beam various types of radi-
ation are produced. These secondary radiations can be registered using different
detectors to gain characteristic information on the specimen under investigation.

Most commonly secondary electrons (SE) are detected leading to a large depth
of field, which yields a characteristic 3D appearance useful for understanding the
sample’s surface structure. SE imaging is used to obtain surface information for a
qualitative description of the sample: surface defects, porosity and the 3D structure
can be evaluated.

The intensity of backscattered electrons (BSE) is strongly related to the atomic
number of the specimen. Thus, BSE images can provide a certain material contrast.

Other resulting types of signals are, e.g. X-rays or cathode luminescence, which
will be partly discussed later on [36].

An SEM setup does not necessarily need to be bulky in space and fill a whole
room. Today, also transportable bench-top systems are available, still offering
acceptable resolution. This allows on-site inspection of analytes at the production
site.

High-resolution SEM usually requires high vacuum and coating of the samples
surface with a thin carbon or metal film to prevent electric charging of the sam-
ple. As a consequence, liquid samples, biological cells and living tissue will be
denatured or disintegrated. Recently, new types of detectors, e.g. inlens detectors,
have evolved. Optimally localized in the gun they require only low voltages and not
necessarily a sputtering of the sample to gain reasonable results.

SEM is ideally suited to characterize the morphology and the homogeneity of
a sample. Particle sizing and determination of particle size distribution are an easy
task as well. An experienced operator can deduce a multitude of characteristics of a
sample just by obtaining and interpreting meaningful scanning electron micrographs
[37-40].
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8.1.2.3 Further Microscopic Methods

Atomic force microscopy (AFM) is best employed to resolve submicrometre struc-
tures. From an atomic force microscopist’s point of view, a tablet needs thus to
be considered a very large body. Lateral dimensions of primary particles of solid
dosage forms are typically in a size range of 0.01-0.1 mm. Even after tabletting the
surface roughness of pharmaceutical solid samples can be of considerable height
differences. The lateral scan range (the field of view) and the vertical range of the
cantilever might thus be too limited to investigate “macroscopic” specimens like
a tablet. If the system is adapted to the analyte or vice versa, decent information
on surface topography can be obtained. The application of nano-particles is very
unusual up to now but is increasing and thus also the need for AFM will be enhanced
[41, 42].

Other approaches have been taken to circumvent the hindrance of oversized
roughness height. The combination of an AFM with an ultramicrotome has provided
very interesting results. Sequential trimming of a specimen surface with an ultrami-
crotome followed by characterization by an AFM of each section allows insights
into the sample. Reassembling the obtained z-stacks and rendering them allows the
generation of the specimens 3D structure [43].

AFM is applied not only to characterize topography and surface roughness but
also to investigate mechanical properties of surfaces. Recording force — distance
curves allows information on adhesion, elasticity or friction [44, 45]. Nanomechani-
cal measurements were successfully applied to quantitatively distinguish amorphous
and crystalline domains through local Young’s modulus measurements [46].

Further imaging methods popular in conventional materials testing are, e.g.
X-ray microtomography (XMT) and acoustical imaging. XMT uses X-rays to create
cross-sections of a 3D-object, which can be rendered to recreate a 3D model of a
body. X-rays can be used to see inside a sample based upon material density dif-
ferences [47, 48]. Acoustical imaging employs ultrahigh-frequency ultrasound. The
transmitted or reflected echo of the ultrasound reflects changes of the impedance due
to varying material density [49]. Both methods are non-destructively and penetrate
solid materials allowing the visualization of internal features, including defects such
as cracks, delaminations and voids. Due to the limited spatial resolution, applica-
tions in pharmaceutical development are scarce.

8.1.3 Chemical Imaging in Pharmaceutical Development

Imagine watching a movie without the ability to hear or see. Seeing only screenplay
without sound, or vice versa, communicates limited information of the message
the director of the film or actors may want to transport. Understanding the seen or
heard more than anything will be a matter of interpretation, only the combination of
both senses would allow enjoying and comprehending the full experience. Spectro-
scopic investigations yield chemical and physical information; microscopy on the
other hand delivers spatial information. In analogy to the above, the merger of both,
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spectroscopy with microscopy, must be very powerful. In fact, many methods of
microspectroscopy have evolved in the last decades. The approach has originated
either from the spectroscopy side by spatially focusing and rastering the exciting
radiation (e.g. time-of-flight secondary ion mass spectroscopy, TOF-SIMS) or from
the microscopy side by extracting physicochemical information from secondary
signals (e.g. X-ray quanta from SEM). In contrast to fluorescence microscopy no
marker needs to be introduced into the system under investigation. Chemical imag-
ing (CI) probes intrinsic properties of a molecule or atom, often in a non-invasive
way. Spatially resolved chemical information delivers a wealth of new information,
not accessible otherwise. Furthermore, an image can often reveal more information
than any table or numerical result. A colour-coded distribution map of a system can
be very straightforward to elucidate the complexity of the system. Just like adding
additional senses to a living organism, the combination of several types of detectors
in one and the same imaging system strongly enhances the analytical capability (e.g.
FTIR and Raman in a light microscope). If such a combination in the same system
is not feasible, then the sequential investigation of the same area using different
chemical imaging methods can be considered an alternative approach. The more
complementary methods are applied to investigate an analyte, the more information
is obtained and the more comprehensive the analyte is characterized [S0-53].

Chemical imaging is new to pharmaceutical development and not yet routinely
employed. Sizeable investments and lack of request from health authorities have
impeded the wide proliferation of CI technologies in pharmaceutical industry, even
though a wealth of applications exist, which allow new insights into old challenges.
The assessment of visual appearance as well as chemical and physical nature is
feasible in one step. Particle size, particle size distribution (PSD), morphology and
particle shape are delivered by microscopy [54]. Combined spectroscopy techniques
as described above resolve spatially the chemical identity of ingredients (structure
and/or elements) as well as their solid state (polymorphism, crystallinity, etc.). Sup-
plementary information regarding mechanical properties such as adhesion, elasticity
and stiffness can also be made available. Possible foreign particulates can easily be
detected and identified. Content uniformity, sample homogeneity and spatial dis-
tribution of components are important information, required for all pharmaceutical
products. The chemical compatibility of actives and excipients after stressing at
increased temperature and humidity can be resolved and ageing effects detected.
The information obtained by chemical imaging technologies allows improved and
accelerated drug product design and can proof novel drug delivery concepts.

There is some controversy as to when to denominate a method “imaging” or
“mapping”. We will refer to the term imaging whenever a technology yields an
image, no matter if the image was produced by point mapping, line scanning or
global illumination [55].

Of the available CI technologies we would like to introduce the following, rele-
vant to pharmaceutical sciences.

Energy-dispersive X-ray spectroscopy (EDX) is generally performed in con-
junction with a scanning electron microscope (SEM). When irradiating a sam-
ple in the SEM with an electron beam, several types of secondary radiation are
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produced. Secondary electrons and backscattered electrons are used for generating
SEM images as described above. X-rays are another type of radiation that is gener-
ated. When a high-energy electron beam hits an atom in its ground state, an electron
in an inner shell might be excited and ejected, creating an electron vacancy in the
shell. This vacancy is immediately filled by an electron from a higher energy shell.
The resulting potential energy is released as a discrete X-ray quant, characteristic
for the potential difference between higher energy to a lower energy electron shell.
Thus, the X-rays detected are characteristic of the atomic structure of the element
from which they were emitted; this allows the elemental composition of the speci-
men to be measured qualitatively and quantitatively, if the roughness of the sample
surface is low. Theoretically, all elements with at least one p-shell electron (starting
from >Boron) are suitable for EDX analysis. Practically, however, reasonable signals
are achieved starting from 8Oxygen [56]. Modern SEMs allow a spatial resolution
down to a few nanometres. For EDX this resolution can hardly be achieved, mostly
due to limited acquisition times. Generally, an EDX map consists of a much lower
number of pixels than a typical SEM image. EDX is typically employed for char-
acterization of polished metallic surfaces or minerals, but it can be very useful also
for the analysis of drug products [57, 58]. Pharmaceutical samples unfortunately
rarely exhibit flat planes or polished surfaces, further limiting resolution and making
quantitative analysis difficult. Flat surfaces to improve resolution for EDX mapping
can be prepared, for example, by microtomy. The vast majority of pharmaceutical
actives and excipients is of organic nature, thus contains carbon, hydrogen and oxy-
gen atoms. A discrimination of components is difficult because no intrinsic marker,
e.g. a more exotic element, is present. EDX mapping thus only allows substantial
spatial discrimination of ingredients if at least one component includes a different
element, e.g. sulphur, phosphorous or chlorine. If such an element is present in the
API or any of the excipients, the distribution within pharmaceutical systems can eas-
ily be characterized. SEM generally requires sputtering of the sample surface with a
thin conducting layer of typically carbon, platinum or gold. Improper choice of the
sputtering material can limit spectral resolution of EDX due to overlapping peaks
of the coating material. Thus, the optimal material to improve surface conductivity
is a layer of carbon which does not disturb the emission of the X-ray signals of the
analyte.

EDX mapping is a widely underestimated method and very complementary to
vibrational microspectroscopy. Due to the widespread availability in pharmaceutical
laboratories, it should be applied much more often [59-61].

A method related to EDX is X-ray fluorescence (XRF). Similar to EDX, elec-
trons from the inner orbitals of an atom are expelled due to bombardment with
an irradiation, creating an electron vacancy which is refilled by an electron from
higher energy orbitals. Again, the energy released is detected as an X-ray quant
characteristic for the electron configuration of the element. In XRF a high-energy
X-ray beam is employed as primary irradiation in contrast to an electron beam in
EDX. The term fluorescence is applied to phenomena in which the absorption of
higher energy radiation results in the re-emission of lower energy radiation. Due
the incorporation of an X-ray source, the irradiating beam is less focused than an
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electron beam in SEM. The spatial resolution in XRF is best around 10 wm, about
1000 times worse compared to EDX. Another drawback is that elements can only
be detected starting from the third period (sodium and heavier). On the other hand,
a major advantage is that XRF can be operated under atmospheric pressure and
is thus less invasive than high-vacuum EDX. It is therefore better suited to inves-
tigate virtu, archeological samples and specimens from forensic science. In addi-
tion, XRF is also employed for elemental analysis of metals, glasses and ceramics
[62-64].

Time-of-flight secondary ion mass spectroscopy (TOF-SIMS) is another method
which can be employed for chemical imaging. It uses a focused, pulsed primary
ion beam (typically Cs, Ga, Au or Bi dimers or trimers, SF5 or Cgp) to produce
secondary molecular ions from the surface monolayer of a sample. The ejected sec-
ondary ions are collected and their mass is determined by measuring the exact time
at which they reach the detector. Because it is possible to measure the time-of-flight
on a scale of nano-seconds, it is possible to produce a very high mass resolution
down to 0.001 atomic mass units (amu) at a range of typically 0—-10.000 amu. The
limit of detection can be as low as part, per billion although TOF-SIMS generally
does not allow fully quantitative analysis. The ion beam can be scanned over a sam-
ple to produce maps at submicrometre resolution. TOF-SIMS is a highly surface-
sensitive method being able to detect molecules within a depth of a few angstrom.
The invasive nature of the primary ion beam can be used to generate depth profiles
by removal of surface monolayers by sputtering under the ion beam. TOF-SIMS is
useful to determine the elemental, isotopic or molecular composition of the surface
[65]. TOF-SIMS is best used to probe flat surfaces. Microscopically rough materials
such as pharmaceutical products need to be trimmed first. Due to the high vacuum
required in the analytical chamber, only solid samples can be investigated. Charging
of non- or poorly conducting sample surfaces due to the irradiating ions may inhibit
analysis, even though charge compensation is applied. Even though complex and
cost intensive, TOF-SIMS provides unique information on composition of molec-
ular components up to several thousands of daltons and is well complementary to
other imaging methods. Several successful applications in pharmaceutical sciences
have been reported [66—69].

Apart from spatially resolved X-ray spectroscopy to probe elemental con-
figuration and mass spectroscopy to probe molecular composition, vibrational
spectroscopy is most commonly used for chemical imaging. Efficient mid-
infrared spectral imaging (MIRSI) requires a focal plane array (FPA) detector,
single nitrogen-cooled MCT (mercury-cadmium-telluride) detectors would require
immense time spans to generate a map. An FPA detector is a device at the focal
plane of the lens consisting of a rectangular array of light-sensing pixels. In contrast
to a charge coupled device (CCD) sensitive to visible light, an FPA is sensitive in
the infrared spectrum. MIRSI employs attenuated total reflectance (ATR) objectives
made from either a germanium or a diamond crystal. ATR allows direct examination
without further preparation. A beam of infrared light is passed through the ATR
crystal in such a way that it reflects at least once off the internal surface in contact
with the sample. This reflection forms the evanescent wave, which extends into the
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sample, typically a few micrometres. The beam is then collected by a detector as it
exits the crystal. Transmission mode and diffuse reflection are normally not suitable
for MIRSI. The image resolution is actually limited to 64 x 64 or 128 x 128 pixels.
Also the field of view (FOV) is inflexible and defined by the ATR lens employed.
MIRSI allows fast acquisition of chemical images at spatial resolutions of only a
few micrometres. The chemical information obtained is generally very specific and
significant [10, 70]. A prerequisite for MIRSI is thus to have a flat surface, i.e. trim-
ming of a sample is often required. Physical contact of the ATR crystal might induce
sample damage. Furthermore, the bent shape of the ATR crystal can lead to optical
aberrations. Only few applications of MIRSI within pharmaceutical development
are reported in literature, e.g. [71-76].

More convenient and more commonly employed is near-infrared spectral imag-
ing (NIRSI), also employing a FPA detector, enabling thousands of spectra to
be acquired simultaneously. NIRSI is operated either in transmission or in diffuse
reflection mode. ATR is not required. In diffuse reflection, the primary radiation is
scattered by interaction with the sample and the reflected light is recorded by the
detector. The NIR radiation can penetrate considerably into the specimens. NIRSI
is much easier to perform than MIRSI but the spectra obtained lack specificity. Both
NIRSI and MIRSI are generally good for differentiating solvates and pseudopoly-
morphs. Because NIRSI primarily probes broadened combination and overtone
bands, it lacks specificity to discriminate true polymorphs. Similar to mid-infrared,
FOV, pixel resolution and spatial resolution are defined by the lens and the FPA and
cannot be changed flexibly. Flat surfaces are advantageous for NIRSI as well, and
sample trimming may be required. Except for sample heating NIRSI is fully non-
destructive. Various NIRSI applications are reported in the literature, e.g. [77-79];
the recent review of Gendrin et al. provides a comprehensive overview [10].

8.1.4 Confocal Raman Microscopy in Pharmaceutical
Development

Theory, device setup, advantages and limitations of confocal Raman microscopy
(CRM) are discussed elsewhere in this book. We will thus only give an overview of
the applications of CRM in pharmaceutical development reported in literature.

The first application of CRM to map pharmaceuticals appeared in 1999 [80]. It
entails the mapping of a binary solid dispersion (API and polymer) prepared through
melt extrusion. Although rather old by now, this publication illustrates well, what
CRM is best used for. The goals of this study reflect the main applications of CRM in
pharma development today: physical state of the drug, stability of the formulation
as well as content uniformity and homogeneity. Compared to recent instrumenta-
tion, the technology that the authors had at hand seems very basic [40]. A map of
45 x 25um? consisting of only 200 measurements is very rough compared to
around 10,000-100,000 spectra of today’s Raman images. Even though much higher
resolution is available, also today the interpretation of chemical images is difficult
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and can be ambiguous. The authors of the 1999 publication seemed very keen
to conclude that the solid dispersion investigated was homogeneously distributed.
Nonetheless, this article is extraordinary due to the fact that a semi-solid dosage
form is investigated and not a common solid dosage form, such as a tablet, which is
in general easier to characterize.

In the same year, a short conference contribution appeared in which confocal
Raman imaging was employed to study the structural ordering and the micron-
scaled homogeneity of biopolymers for pharmaceutical applications. Unfortunately,
no experimental details are given [81]. A very fascinating result was reported in
another publication, where CRM was applied to generate a 3D visualization of a
three-component salt [82]. Kador et al. (2001) report on the complementarity of
various chemical imaging methods. NIRSI and CRM were employed sequentially
to describe an entire formulation at exactly the same area. This chemical image
fusion approach could remove ambiguity from the data obtained by the two sepa-
rate techniques. It was also found that CRM is most suitable to detect the active and
inorganic constituents whereas NIRSI is best to characterize carbohydrates [83].

By far the most common application of CRM is the imaging of solid dosage
forms to prove content uniformity. Tablets generally are ideal to be investigated by
CRM. API and excipients often exhibit major spectral differences. Primary particles
used for granulation are typically in a size range from 1 to 100 wm. These dimen-
sions are also found as individual component domains in tablets. As described else-
where in this volume, the resolution of CRM just perfectly fits these requirements.
Domains and boundaries can be visualized at full resolution. If the CRM system
allows large area mapping, even entire tablets (up to centimetres) can be charac-
terized regarding content uniformity. Starting from the year 2000 several reports
have appeared where the spatial distribution and identification of individual com-
ponents within a tablet were investigated [84-86]. The complexity of the systems
regarding number of components and similarity is varying significantly. Simple two-
component systems are investigated, but also systems with up to five different tablet
ingredients were discriminated [78, 87]. Concentrations of the API below 1% wt/wt
are detectable [88]. Also, discrimination of particulate polymorphic impurities in
tablets of only 0.05% wt/wt was described. This is very astounding because this
reflects a much better limit of detection (LOD) than, e.g. powder XRD (PXRD)
[77]. The ability not only to probe content uniformity but also to verify the solid
state of the active component makes CRM an extremely powerful tool. Mechanical
stress during processing (granulation and tabletting) similar as ageing at elevated
temperatures and/or humidity can affect the solid state of the active, which is, of
course, highly undesirable. Surface amorphization, e.g. can affect considerably the
bioavailability of a dosage form.

Other important dosage forms where CRM can show its full potential are powder
inhalation formulations. These formulations normally consist of small API parti-
cles below 10 wm dispersed with a carrier excipient. Flight and release properties
are often improved by particle design and eventually by addition of lubricants. Of
course, agglomeration of API particles or demixing of the dispersion is very unde-
sirable and may strongly affect the efficiency of the formulation. CRM can either be
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applied to study the original bulk dispersion or also deposits on cascade impactors,
which simulate the different regions within the pulmonary tract. Characterization of
component distribution and deposition of powder inhalation formulations by CRM
has been successfully demonstrated in the literature with various components and
inhaler systems [89, 90].

Two out of three compounds in the drug discovery pipelines in pharmaceutical
companies have a solubility in water of less than 100 pLg/ml and may thus be termed
insoluble or practically insoluble. Semi-solid dosage forms for oral or topical admin-
istration (application to body surfaces), e.g. solid dispersions or solid microemulsion
preconcentrates, may help to overcome this challenge by stabilizing a specific form
of an API, which is generally thermodynamically less favourable but more soluble.
Semi-solid dosage forms filled into hard gelatine capsules are thus employed in
pharmaceutical sciences to improve solubility, leading to an improved bioavailabil-
ity while decreasing variability and reducing food effect [91]. CRM was success-
fully applied to probe uniformity and distribution as well as solid state within the
formulation. Generally the systems under investigation consist of the API dispersed
in one dispersing agent [80, 92]. The preparation method of the dispersions can
affect the solid state. Results showed the presence of different polymorphic forms as
well as an amorphous form [93]. Recently, the fine structure of solid microemulsion
preconcentrates was resolved. It was found that the preconcentrates are two-phase
systems, where clusters of crystalline polyethylene glycol form the solid structure
and the liquid microemulsion preconcentrate is dispersed in between as a separate
phase. The drug remained dissolved in the liquid phase even at increased concentra-
tions. Solid dispersions, in contrast, could stabilize a dissolved state of the API only
to a certain concentration. Increasing the amount of API leads to a precipitation of
APl in a crystalline state [40].

Depot systems for intramuscular application or stents for applications in blood
vessels generally consist of a biodegradable polymeric matrix, in which the API
is dispersed either in particulate form or molecularly. Upon administration in the
body the polymer matrix is slowly hydrated and degraded releasing the active com-
ponent. Depot systems are optimized for a steady long acting release over weeks
and months. Bursts in release are strongly unwanted. Content uniformity, accurate
particle size distribution and defined solid states are a prerequisite to achieve this
effect. CRM can resolve any of these challenges. Either in original state or after
weeks of hydration, coherent results can be generated.

Homogeneity regarding API concentration as well as effect of drug elution
on coating morphology was recently investigated with stents. Effects such as
appearance of particulate structures, segregation of API to the outer surfaces and
drug/polymer demixing could be observed by CRM and other chemical imaging
methods [66]. Although developed over a decade ago there are still only a limited
number of reports discussing the application of CRM in pharmaceutical develop-
ment. There might be two reasons for this: first, only the major pharmaceutical
companies can afford chemical imaging facilities, and, second, the pharmaceutical
industry is very much restricted due to intellectual property reasons and reports
thus are scarce. At least also health authorities have now discovered the value of
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confocal Raman microscopy and the wealth of information available generated by
this technique [94]. A boost of chemical imaging might therefore be expected to
happen within pharmaceutical development [95].

8.2 Applications of Confocal Raman Microscopy
in Pharmaceutical Development

8.2.1 Practical Considerations

Confocal Raman microscopy is perfectly suited to characterize pharmaceutical
specimen. At the same time, pharmaceutical specimens represent ideal samples for
maximum performance of a CRM system for several reasons:

Most pharmaceutical samples consist of white powders. Visible light can there-
fore be applied to probe the specimens without risk of absorption, followed by sam-
ple heating and degradation. Visible radiation, e.g. green light, yields good optical
resolution, acceptable Raman intensities and normal optics and detectors can be
used, fluorescence is rarely a problem.

Synthetic APIs typically weigh less than 1000 g/mol and consist of a distinct
carbon backbone, typically with aromatic and non-saturated functional groups. They
yield very strong and very sharp Raman signals, normally of several times higher
intensity and less broad than the signals of (polymeric) excipients. Smallest vari-
ations in the carbon backbone and the crystal lattice yield spectral variation. Thus
polymorphic forms and solvates can generally easily be discriminated by CRM.
Biomolecules and biopolymers, e.g. RNA, oligopeptides and proteins are much
more demanding with respect to experimental parameters and yield weaker and
broader signals. Fortunately for the analyst, biomolecules still account only for a
small part of pharmaceutical API.

Due to regulatory requirements, pharmaceutical substances are of very high
purity. In addition, reference material of various polymorphic forms and salt forms
are available due to the respective screening programs. Molecular structure, solid
state, solvent content, crystallinity and particle size are generally known of every
component in the system under investigation. It is thus possible to obtain reference
spectra from pure, clearly defined material at high spectral resolution. These refer-
ence spectra are very valuable for multivariate data analysis, e.g. as basis spectra for
classical least squares (CLS) algorithms. CLS can improve the LOD and noise levels
and it is considered as the most credible data processing algorithm in comparison
to principal component analysis, cluster analysis or multivariate curve resolution
[86, 96].

As mentioned earlier, the size range of pharmaceutical samples is just right for a
modern CRM. Primary particles are usually 1-100 pm, granules are typically a few
hundred micrometres whereas a tablet measures millimetres to centimetres. A CRM
equipped with a state-of-the-art Piezo-drive scan stage is excellent for imaging
at highest spatial submicron resolution with FOV of a few hundred micrometres.
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Attachment of an additional motorized scan stage allows generating large area map-
pings of entire macro-objects. Thus, overview images of a full body can be gen-
erated followed by high-resolution images of areas of interest at a much smaller
scale.

8.2.1.1 Critical Parameters

Even though analytes and analytical technology match very well, there are certain
restrictions to be considered. Certain critical parameters need to be adjusted care-
fully.

The irradiating laser wavelength and laser power are the most determining factors
and need to be tuned to maximize Raman signal levels, yet must exclude absorption
by the sample followed by degradation at the same time. A sample can decompose,
undergo a phase transition or simply heat up and emit longer wavelength radiation
when absorbing energy. The sample’s electronic absorption spectrum has a strong
effect on the probability that the sample will absorb energy. A hot sample emits
black-body radiation. Thus, for samples that absorb radiation at the laser wave-
length, the operator must be careful when selecting the appropriate laser power
to maximize the S/N and minimize black-body radiation caused by sample heat-
ing. If the sample absorbs too strongly, a change of laser wavelength is required
[97, 98]. Defocusing, change of lens to a lower magnification and NA or cooling of
the sample using a cryogenic stage decrease the probability of sample degradation
additionally [99].

Although mentioned as the issue number one in every textbook on Raman
spectroscopy [100], to our experience fluorescence noise due to improper choice
of laser wavelength is only a minor problem when conducting confocal Raman
microscopy of pharmaceuticals. Even when using a green laser at 532 nm, only
a very low percentage of pharmaceutical samples exhibit intrinsic fluorescence,
mostly originating from celluloses and polymeric excipients; intrinsic fluorescence
of APIs is very seldom. Fluorescence can either be removed through photobleach-
ing or be eliminated by data treatment. Polynomial baseline correction or inclusion
of extracted fluorescence signal as additional basis spectra during data processing
using classical least squares allows removal of such noise. This offers the advantage
that components can be localized also according to their fluorescent trace and not
only due to the Raman signal. An elegant and efficient way to remove fluorescence
(as well as to improve S/N) is to employ a numerical method based on wavelet
transforms to process data. Wavelet transforms can be suitable to suppress non-
correlated noise and background signals. The Raman spectrum is decomposed by
wavelet transform into “frequency components”. The low-frequency (fluorescence,
background) and the high-frequency data sets (noise, spikes and “cosmic rays”)
are rejected and the remaining sets are reconstructed to yield an improved Raman
spectrum [101-104].

Another decisive component of a CRM is the objective lens. The numerical aper-
ture (NA) of the lens defines the spatial resolution as well as the collection efficiency.
Thus, a maximum NA is desirable. High NA means applying an oil-immersion
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objective or objectives with very short working distance. For non-invasive inves-
tigation of rough solids, however, a long working distance non-immersed objective
is required. Hence, a compromise needs to be made. Of high importance is also
the focal depth of a lens, a measurement of the space in which an object can be
displayed at acceptable sharpness. If flat polished surfaces are under investigation,
this parameter will not be of interest. Should samples exhibit very rough and curved
surfaces it will be difficult to get all objects within the FOV in focus. Due to the
fact that CRM is performed confocally, all objects not in focus (above or below
the focus plane) will not yield Raman signals. If very uneven specimens need to be
characterized, objective lenses with a lower magnification and lower NA and a large
pinhole are required.

Alternatively, sample preparation to generate flat surfaces is a solution. Tablets,
e.g. can be treated employing a tablet mill or a microtome equipped with a steel
or glass knife. For the investigation of powders and microscopic particles it is rec-
ommended to embed the materials in a non-fluorescent resin. The resin blocks with
embedded particles can be cut with a glass or diamond knife of a microtome to
generate blockfaces with flat surfaces. Embedding and sectioning yield an additional
advantage: the inside of a specimen is revealed and can be imaged as cross-section
of the sample.

Measurement time is limited in an industrial environment. A maximized cost —
benefit ratio thus often defines the quality of results. Modern CRM allows the gen-
eration of low-resolution maps (e.g. 10,000 pixels per image) with limited infor-
mation contents within a few minutes. Higher quality images of 50,000-100,000
pixels per image may require measurement time of an hour or more. Already at
a pixel number of 40,000, images of acceptable smoothness and graininess are
achieved. If acquisition time is not a limiting factor, the number of pixels per
image might be limited by the performance of the computer employed for data
processing. Data treatment such as noise removal demands considerable computing
power.

Even though the spot size of the laser, and thus the optical resolution, is diffrac-
tion limited, the image quality can be improved considerably through oversampling.
Oversampling means imaging at increments considerably smaller than the “theoret-
ical” optical resolution. If the step size of a scanner is chosen at a value of 5-10
times smaller than the laser spot size, chemical images at very high resolutions can
be achieved [105]. This is illustrated with a CRM image and a corresponding SEM
image of a two-component inhalation particle in Fig. 8.1. The particles’ shape was
optimized to yield better flight properties and a very low bulk density. The lateral
resolution Ry, of confocal Raman microscopy is diffraction limited and approxi-
mated by the irradiating wavelength multiplied by 0.61 and divided by the numer-
ical aperture NA of the lens. For very small pinholes, the resolution can be further
improved by a factor of 1/4/2 [106]. The theoretical lateral resolution of the example
in Fig. 8.1 (2 532 nm, NA 0.75) is thus equal to 284 nm. Oversampling at a step size
of 32 nm has resulted in an image where this theoretical spatial resolution has been
at least levelled. A nanoscopic non-homogeneous distribution of component A (in
red) and component B (in green) is visible.
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Fig. 8.1 Confocal Raman microscopic image (a) and a corresponding yet not colocalized SEM
image (b) of inhalation particles with optimized flight properties, consisting of two components.
Component A is visualized in red whereas component B is represented in green. A submicron
resolution is achieved by CRM. SEM further visualizes the nanoscopic morphology. CRM data
were obtained using a WITec CRM200 equipped with a 63 x lens (NA 0.75) and a Nd:YAG laser
(532 nm at 50 mW) at a pixel number of 62,500 and an integration time of 40 ms per pixel

8.2.1.2 Limitations

CRM being a spectroscopic imaging method also entails various limiting aspects
innate to spectroscopy or microscopy.

Typical for imaging methods, CRM does not allow bulk analysis of an entire lot.
Generally only confined areas are investigated and a finite number of images are
acquired. Sampling is thus critical. Areas under investigation need to be representa-
tive of the entire sample, which further needs to be representative of the whole lot.
The higher the number of images acquired the more significant the results [100].

Also, spatial quantization is difficult. The 2D chemical images underestimate the
size of spheres and overestimate the size of cubes [87].

Further, the interpretation of microscopic and spectroscopic data and judging
of data quality requires substantial expertise and experience on the user side. The
representation of microscopic results is often subjective. Reviewers therefore often
“blame” (the of course respectable) microscopy to be an “art” rather than science.
Quantitative results are difficult to achieve in Raman spectroscopy. Even though
Raman intensity is directly proportional to the concentration of the scattering
species several effects falsify any attempt to deduce quantitative output. Raman
intensity and thus also LOD are very specific to every kind of substance and may
differ greatly. A dissolved plasticizer is much more difficult to detect than any par-
ticulate pharmaceutical active. Intensities of Raman bands further depend on the
intensity and wavelength of irradiation as well as state of polarization of the irra-
diating light and of the collection optics [98]. Variation of focus due to topography
effects and resulting beam geometry at the sample further affect signal intensity. The
Raman spectrum of the sample is also affected by the transmission characteristics
of the sample matrix or the sample container [97, 107]. When characterizing solids,
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varying packing densities (intrinsic for polymorphs!) and particle size strongly
affect signal strength [108, 109]. At best semi-quantitative output can be generated
regarding composition. Only relative assumptions of concentrations are possible.
When studying a series of related samples with different relative concentrations,
CRM can be used to elucidate trends.

In confocal Raman microscopy, where the irradiating laser spot is often smaller
than the particle under investigation, an additional effect can occur. Already in very
early publications, C.V. Raman mentioned the polarization of inelastic scattering
[110, 111]. The Raman spectrum depends on the orientation of the crystallographic
axes with respect to the direction and polarization of both the excitation and the scat-
tered light [112—-114]. Intensities of Raman bands may vary dramatically depending
on the angle between polarizability tensor of a specific molecular vibration and the
exciting source (Fig. 8.2).

In widefield Raman microscopy and FT-Raman spectroscopy this effect is often
negligible since the optical resolution of typically several hundreds of micrometres
is much larger than the irradiated crystal species and thus averaged spectra are col-
lected. In contrast, confocal Raman microscopy allows a spatial resolution down to
the optical limit of diffraction. It is therefore easily feasible to image single particles.
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Fig. 8.2 Raman spectra of «-lactose monohydrate with spectral dissimilarities due to different
angles between crystallographic axes of underlying single particles and incident light. Through-
out the whole spectral range, peak intensities are varying. In addition, certain vibrations are
fully annihilated or strongly amplified due to varying spatial orientation of the imaged crystalline
particles
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Fig. 8.3 Confocal Raman microscopic image of lath-shaped API particles. Particles are all of
identical chemical and physical states but can be discriminated according to spatial orientation:
horizontally oriented particles in red; vertically oriented particles in cyan. Data were obtained
using a WITec CRM200 equipped with a 40 x lens (NA 0.60) and a Nd:YAG laser (532 nm at
50 mW) at a pixel number of 62,500 and an integration time of 20 ms per pixel

Raman spectra obtained with CRM can thus reveal substantial differences in peak
intensities due to unequal orientations of single crystals. A discrimination of single
particles is possible due to different spatial orientation (Fig. 8.3).

Since a complete extinguishment of certain vibrations is possible, the erroneous
conclusion might be drawn that observed spectral differences are due to, e.g. poly-
morphism. Varying band intensities can make it difficult to get qualitative informa-
tion on polymorphism.

On the other hand, the polarization effects also yield valuable additional infor-
mation. Reports in the literature show that polarized micro Raman spectroscopy has
successfully been employed to study molecular orientation distributions of various
materials, including ceramics and inorganics [115, 116], polymer films [117], liquid
crystals [118, 119] or biological polymers [81]. Such polarization effects are very
pronounced with small synthetic API crystals, containing aromatic structures allow-
ing pi-stacking. Excipients, which are often of polymeric nature (PEG, cellulose,
PVP, etc.) or occur in an amorphous state, exhibit this phenomenon rarely. Data
processing of hyperspectral data cubes by classical least squares algorithms using
base spectra, which include polarization information, can improve the fit quality
considerably and can also improve image resolution.

In a recent study in our laboratories, single pellets for modified release were
tested regarding internal structure, long-term stability and drug release. Modified
release pellets consist of an inert carbohydrate-based core on which an API layer is
applied through a spray drying process. Finally, the pellets are coated with a film for
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Fig. 8.4 Confocal Raman microscopic images of two types of modified release pellets. The APIs
in both pellets were resolved according to spatial orientation of the single crystals (visualized in red
and cyan). In image (a), the internal structure of the API layer indicates a concentric layered growth
of the phase during spray drying. On the other hand, the API in image (b) has (re-)crystallized in
a perpendicular star-like manner, even though spray dried and thus applied layer by layer. Pellets
were embedded in a resin (visualized in blue) and cut equatorially using a microtome. The film coat
consists of organic (green) and inorganic components (purple and orange). The internal structure of
the coating indicates a concentric onion-like growth. Data were obtained using a WITec CRM200
equipped with a 20 x lens (NA 0.40) and a Nd:YAG laser (532 nm at 50 mW) at a pixel number of
62,500 and an integration time of 20 ms per pixel

sustained release [60, 120]. One interesting aspect was found when inspecting two
types of modified release pellets by CRM (Fig. 8.4). Both types were processed and
prepared exactly the same way, but two different API were applied. The APIs in both
pellets were resolved according to spatial orientation of the single crystals (visual-
ized in red and cyan). The outer coating consists of organic (green) and inorganic
components (purple, orange) whereas the resin used for embedding is visualized in
blue.

In Fig. 8.4(a), the internal structure of the API layer indicates a concentric lay-
ered growth of the phase after spray drying, as can be expected. Interestingly, even
though spray dried and thus applied layer by layer, the API crystals in the second
type of pellets have arranged in a perpendicular, star-like manner. The second API
thus appears to have dried and crystallized much slower, allowing rearranging its
secondary structure. Possibly, the first solidification of the API has resulted in an
amorphous phase, which subsequently has transformed over time in a more stable,
crystalline form. This information was only achievable due to the ability to discrim-
inate crystalline species according to their spatial orientation.

8.2.2 Investigation of Solid Dosage Forms by Chemical Imaging

8.2.2.1 Product Homogeneity

Long acting release (LAR) depots generally consist of an API dispersed within a
biodegradable matrix. The drug is slowly released as the matrix degrades, primarily
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through hydrolysis. LAR depot injections maintain all of the clinical and pharmaco-
logical characteristics of the immediate-release dosage form, with the added feature
of slow release from the site of injection, reducing the need for frequent adminis-
tration. With its specific pharmacokinetic profile, LAR depots can be administered,
e.g. once a month instead of three times a day, strongly enhancing patient compli-
ance [121]. Long-acting release depot injections have demonstrated their clinical
and economic value on the market [122, 123].

Although these systems have achieved a high level of success, some unmet tech-
nical challenges remain, amongst others the ease of reconstitution and injection of
the depot injections. Surface properties and internal structure can be tailored through
preparation methods as well as composition of biodegradable matrix. Analytical
methods, however, are required to attest the required structure. A non-homogeneous
drug distribution can lead to a retarded or accelerated release (e.g. a burst). Many
studies have investigated the detailed structure of LAR depots and the relationship
to drug release. To achieve this goal, techniques providing spatially resolved infor-
mation such as scanning electron microscopy or confocal microscopy were used
[124]. However, most of the studies were performed with model compounds, such
as fluorescent dyes, or were focusing on drug release and burst [125].

CRM and EDX allow the investigation of real samples, e.g. for clinical testing,
and are not restricted to model compounds. They allow detailed information of the
spatial drug distribution within the depots by making use of the chemical contrast
of API and matrix. Both methods are excellent tools which help in optimizing pro-
cesses to produce ideal LAR depots. Figure 8.5(a) shows an SEM image of typical
LAR depots. Even though surface roughness can be estimated, no information is
available on the inner structure. Embedding in a resin followed by trimming with a
microtome discloses this information. Several kinds of depots, prepared by different
processes, were investigated by EDX and CRM. In Fig. 8.5(b) and Fig. 8.5(c), two
SEM images of blockfaces are overlaid by EDX mappings of the API. The API
in this example contains a unique element and can thus be discriminated from the
matrix and embedding resin.

CRM further allows the location of biodegradable matrix (green) and the resin
used for embedding (blue, Fig. 8.5d and e). The resolution is more than sufficient to
clearly visualize the basically homogeneous distribution of the API (colour-coded
red), even though primary API particles are smaller than five microns. By interpret-
ing data from both methods, SEM and CRM, additionally a core-shell structure can
be assigned to one sort of the depots (Fig. 8.5¢ and e). They possess a much thicker
shell of pure matrix material than the other depots (Fig. 8.5b and d). This informa-
tion on the internal structure was very important to improve process to obtain LAR
depots of optimized release as well as syringeability.

Solid oral dosage forms often feature a coating on top of the tablet core. On
one hand this might be motivated by marketing purposes where colour coatings are
applied to foster branding and make tablets visually more attractive. On the other
hand, coatings may also improve compliance by making a tablet smoother and easier
to swallow or to mask an unpleasant taste. Coatings often also have a pharmacolog-
ical function. Functional coatings are, e.g. used to modify the release or to improve
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Fig. 8.5 (a) SEM micrograph of typical LAR depots; (b) and (¢) SEM images of blockfaces over-
laid by EDX map; (d) and (e) CRM mappings of similar blockfaces of corresponding depots. The
API (in red) is homogeneously distributed within the biodegradable matrix (green) but the depots
in (c¢) and (e) possess a much thicker shell of pure matrix material than the depots in (b) and (d).
Depots were embedded in a resin (visualized in blue) and cut equatorially using a microtome.
CRM data were obtained using a WITec CRM200 equipped with a 40 x lens (NA 0.40) and a
Nd:YAG laser (532 nm at 20 mW) at a pixel number of 62,500 (5d) respectively 40,000 (5e) and
an integration time of 100 ms per pixel
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the stability of a formulation [126—128]. The solubility of a functional coating can
be tailored by variation of the mixture, e.g. hydrophobic agents, hydrophilic agents
and plasticizers [129-131].

On an industrial scale, the smallest alteration of a process may have dramatic
effects on the output. A change of the quality of an ingredient, exchange of equip-
ment or modification of reaction parameters can affect the product. In many cases
the cause of altered product quality cannot be elucidated by simple means. An exten-
sive root-cause analysis might be required to identify the reasons. Chemical imaging
can be a powerful tool to fulfil such tasks. Dissolution testing of a tablet lot has
revealed a modified release, compared to regular tablet lots. After inspection with
various methods, CRM could resolve the cause. The tablet coating, which controls
the release, exhibited inhomogeneities (Fig. 8.6).

On a microscopic level, a layering of the three coating components, separated
from each other, could be visualized. The root cause was a coagulation of the coating
solution during the spray drying process. Elucidation of the root cause with any
other method than chemical imaging would have been very difficult.

Fig. 8.6 CRM images of tablet coatings. The tablets were cut using a scalpel. The coating consists
of a hydrophobic coating agent (red), a hydrophilic coating agent (green) and a plasticizer (blue).
Tablet core ingredients are not discriminated but entire core is visualized in yellow. The regular
tablet coating in (a) appears homogeneous with occasional air bubbles. The coating of the tablet
lot showing anomalous dissolution behaviour in (b) exhibits a layered, phase-separated structure.
Data were obtained using a WITec CRM200 equipped with 20 x (a) and 63 x (b) lenses (NA
0.40, respectively 0.75) and a Nd:YAG laser (532 nm at 50 mW) at a pixel number of 62,500 and
an integration time of 50 ms per pixel

8.2.2.2 Content Uniformity

One alternative to oral dosage forms is administration through the respiratory
tract via inhalation. Inhalation provides an excellent delivery route for the treat-
ment of both pulmonary and non-pulmonary conditions. Delivering medications
via inhalation generally requires smaller doses, offers a rapid onset of drug action
and reduces adverse effects compared with other routes of administration [132].
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Nebulizers, metered dose inhalers (MDI) and dry powder inhalers (DPI) have been
competing on the market for many years. DPIs in general are easier to use and
cause fewer irritant effects than the pressurized MDIs, in which a drug/propellant
mixture is stored in solution in a pressurized canister. DPIs involve micronized
powder, often packaged in single dose quantities in packs. Dry powder inhalers
have therefore a considerably longer shelf life compared to MDIs containing drug
solutions [133].

When the lung is the target for the aerosol (because the intent is either to treat the
lung surface or to get the drug into the blood through the capillaries via the alveoli),
the inhaled aerosol must consist of particles in a certain size range. The size, where
drug particles can efficiently be adsorbed, ranges from 0.1 to 5 wm. Larger particles
tend to simply land in the mouth and throat and do not make it into the lung. Smaller
particles tend to get inhaled and may immediately be exhaled.

In many DPIs, much larger carrier particles are used as bulking agent and to aid
in powder uptake from the device during inhalation. These carriers are often sugar
particles, typically 50-100 pm in diameter. The much smaller drug particles attach
to these excipient particles. The increased aerodynamic forces on the carrier/drug
agglomerates improve entrainment of the small drug particles upon inhalation. In
addition easier filling of small individual powder doses is allowed. Upon inhalation,
the powder is broken up into its constituent particles with the aid of turbulence or
mechanical devices such as screens or spinning surfaces on which particle agglom-
erates impact, releasing the small, individual drug powder particles into the air to be
inhaled into the lung. The sugar particles are intended to be left behind in the device
and in the mouth/throat region.

Sometimes an additional lubricant is included in the DPI formulation. The lubri-
cant is meant to form a film on the other particles’ surfaces and is supposed to
avoid agglomeration and to ease the release of the API particles from the carriers
[134, 135].

One of the main challenges in commercial research and development is the pro-
duction of such micronized API particles on a large scale. Crystallization of such
small API particles is rarely feasible, thus comminution, e.g. by milling is required.
Milling may lead to solid-state transformations or amorphization of the drug parti-
cles. As mentioned before, the solid state of an API is crucial for its bioavailabil-
ity [136].

Even though the composition of a DPI formulation is rather simple, a homoge-
neous distribution of the active and the carrier particles is required. Demixing or
agglomeration is strongly unfavourable. Micronized API particles should be statis-
tically distributed and sticking to larger carrier particles.

Chemical imaging is well suited to characterize formulation for dry powder
inhalers. SEM can quickly resolve morphology, particle size distribution and detect
possible agglomerates. CRM in addition is capable of probing solid state and content
uniformity, which is illustrated in Fig. 8.7.

SEM was applied to confirm a uniform content and particle size distribution.
CRM was further applied to probe several different approaches to prepare DPI
mixtures. The powder formulation in (b) appears to consist of homogeneously
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Fig. 8.7 (a) SEM image of a dry powder inhaler formulation consisting of large carrier particles on
which micronized API powder is absorbed. (b) and (¢) CRM images of similar DPI mixture. API
particles are visualized in red, lubricant in yellow and the carrier particles in blue. CRM image (b)
was obtained using a WITec CRM200 equipped with a 20 x lens (NA 0.40) and a Nd:YAG laser
(532 nm at 50 mW) at a pixel number of 40,000 and an integration time of 200 ms per pixel. 7c was
obtained using a WITec CRM200 equipped with a 63 x lens (NA 0.75) and a HeNe laser (633 nm
at 35 mW) at a pixel number of 40,000 and an integration time of 150 ms per pixel

distributed API (visualized in red) and lubricant particles (in yellow) on carriers
(in blue). Micronized particles are not agglomerated. Even the lubricant film on the
carrier is detectable. In contrast, the formulation in (c) cannot be denoted optimal.
In this formulation, the API tends to be strongly agglomerated. A homogeneous
statistical distribution is not the case, such a formulation cannot yield an efficient
delivery of the drug. No unwanted polymorphic forms or other solid-state variation
could be confirmed in any of the formulations.

Tablets are the most popular dosage form in use today. About two-thirds of all
prescriptions are dispensed as solid dosage forms, and half of these are compressed
tablets, as they are easy and convenient to apply. A tablet can be formulated to
deliver an accurate dosage to a specific site; it is usually taken orally, but can be
administered sublingually, rectally or intravaginally.

Some APIs may be tableted as pure substances, although this is rarely the case;
most formulations include excipients. These are inert ingredients, which either
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enhance the therapeutic effect or are necessary to construct the tablet. The filler
is a bulking agent, providing a quantity of material which can accurately be formed
into a tablet. Binders hold the ingredients together so that they can form a tablet.
Lubricants are added to reduce the friction between the tablet and the punches so that
the tablet compression and ejection processes are smooth. Disintegrants are used to
promote wetting and swelling of the tablet so that it breaks up in the gastrointestinal
tract. Additional ingredients may also be added such as colouring agents, flavouring
agents, and coating agents.

Crucial in the manufacturing process of tablets is content uniformity. To ensure
that the appropriate amount of active ingredient is equal in each tablet, it is a pre-
requisite that the ingredients are well mixed. Powders that can be mixed well do
not require granulation and can be directly compressed into tablets. If a sufficiently
homogenous mix of the components cannot be obtained by simple mixing, the ingre-
dients must be granulated prior to compression to assure an even distribution of
the active compound in the final tablet. Two basic techniques are used to prepare
powders for granulation into a tablet: wet granulation and dry granulation.

In a wet granulation process, a liquid binder or adhesive is added to the powder
mixture. The amount of binder needs to be adjusted properly, over wetting will
cause the granules to be too hard whereas under wetting will cause them to be too
soft and friable. Once the solvent evaporates the wet mass has formed densely held
agglomerates. Finally, the agglomerates are milled, which results in formation of
granules.

Dry granulation is employed when the product to be granulated may be sensi-
tive to moisture and heat. The dry mixture is compacted and densified in a press
followed by milling. It requires drugs or excipients with cohesive properties. Dry
granulation often produces a higher percentage of non-compacted products, which
can compromise the quality or create yield problems for the tablet [137-139].

Compressed tablets are exerted to great pressures in order to compact the mate-
rial. These mechanical stresses can affect the solid state of ingredients. Polymorphic
forms of the drug substance can undergo phase conversion when exposed to man-
ufacturing processes, such as compaction, drying and milling. Exposure to envi-
ronmental conditions such as humidity and temperature can also induce polymorph
conversion. Tabletting can also yield amorphization, e.g. at the tablet surface. Any
alteration in solid state of course also affects the dissolution behaviour and thus the
bioavailability of the drug.

Chemical imaging is suitable to probe both content uniformity and analysis of
chemical and physical states. Figure 8.8 shows chemical images of a sectioned
tablet. The tablet contains an API (visualized in red), a filler (in cyan), a disintegrant
(in blue) and a lubricant (in yellow).

All four tablet components can be identified and discriminated. Large area map-
ping provides information on content uniformity whereas high-resolution images
provide details on the fine structure within the tablet. The solid state of the API
can be analysed and confirmed by either method, large area scan or high-resolution
image. The FOV is too limited to conclude upon content uniformity but the high-
resolution structure can be elucidated. The tablet was trimmed using a microtome
to obtain a flat surface.
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Fig. 8.8 (a) CRM large area imaging of a tablet section. The tablet contains an API (in red), a filler
(in cyan), a disintegrant (in blue) and a lubricant (in yellow). A homogeneous distribution and PSD
of the components can be confirmed. The sample was partly tilted during acquisition resulting in
partly defocused areas. (b) CRM high-resolution imaging of a section of the same tablet lot as in
(a). Data in (a) were obtained using a WITec alpha700 equipped with a 40 x lens (NA 0.6) and
a Nd:YAG laser (532 nm at 50 mW) at a pixel number of 22,500 and an integration time of 30 ms
per pixel. Data in (b) were obtained using a WITec CRM200 equipped with a 63 x lens (NA 0.75)
and a Nd:YAG laser (532 nm at 50 mW) at a pixel number of 122,500 and an integration time of
20 ms per pixel

Tablets can also be inspected using SEM and EDX. Even though most phar-
maceutical ingredients contain C, H and O, it is feasible that components can be
identified and discriminated according to exceptional elements. In Fig. 8.9, an SEM
image (a) and the corresponding EDX map (b) are presented of the surface of
another tablet. Four unique elements are contained within the tablet. The element
visualized in red is only present in the API; the element visualized in green belongs
to the filler; the element visualized in yellow to the glidant, whereas the element

Fig. 8.9 SEM image (a) and corresponding EDX mapping (b) of a tablet surface. Four unique
elements are present within the tablet. The element visualized in red is only present in the API;
the element visualized in green belongs to the filler; the element visualized in yellow belongs to
the glidant, whereas the element in blue is present in filler as well as in glidant. Identification of
particles of interest according to the elemental composition at high spatial resolutions is feasible
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in blue is present in filler as well as in glidant. SEM allows inspecting smallest
particles and their morphology. EDX can be used to identify particles and domains
according to their elemental fingerprint.

8.2.2.3 Solid-State Analysis

In the last section we have elucidated the possibility that an API can undergo a
solid-state conversion during processing, e.g. granulation or tabletting. Mechanical
stress, increased humidity or temperature can affect the integrity of dosage forms.
CRM is an excellent tool to investigate such solid-state transformations. In Fig. 8.10
an image of a tablet surface containing API and four excipients is presented. It was
found that the API is present not only in crystalline state but also in amorphous
state. The crystalline form was detected only as discrete particles on the surface. The
remainder of the API presented at the surface had transformed into an amorphous
phase during tabletting.

Crystalline API is visualized in red, amorphous API in green, binder in cyan,
disintegrant in blue, lubricant in yellow and glidant in purple.

Not only final products can be investigated, also before and after process-
ing steps CRM can be employed to control quality of a product. In Fig. 8.11 an
image of a granule after wet granulation is presented. Even though only one spe-
cific polymorphic form was deployed in the initial powder blend, a mixture of
two polymorphic forms was detected after wet granulation. The initial polymorph

Fig. 8.10 CRM image of a tablet surface. The API was found to be present not only in crystalline
(red) but also in amorphous state (in green). The excipients included are as follows: binder in cyan,
disintegrant in blue, lubricant in yellow and glidant in purple. Data were obtained using a WITec
CRM200 equipped with a lens (NA 0.40) and a Nd: YAG laser (532 nm at 33 mW) at a pixel number
of 90,000 and an integration time of 100 ms per pixel



194 T.E. Haefele and K. Paulus

Fig. 8.11 CRM image of a granule after wet granulation. Two polymorphic forms of the API
are found. The initial polymorph (in red) has partly transformed into a second polymorphic form
(in cyan) during wet granulation. Filler is visualized in green and the disintegrant in blue. Data
were obtained using a WITec CRM200 equipped with a 20 x lens (NA 0.40) and a Nd: YAG laser
(532 nm at 33 mW) at a pixel number of 40,000 and an integration time of 20 ms per pixel

(visualized in red) must have partially converted into another polymorphic form
(in cyan) due to processing. The filler is visualized in green and the disintegrant
in blue.

The stability and shelf life of dosage forms are routinely tested at defined tem-
peratures and humidity for extended periods of time. Chemical incompatibilities
of API and ingredients might lead to reactions or degradations. CRM is commonly
employed to investigate effects of stressing and ageing. Initial samples are compared
with samples from specific intervals. Figure 8.12 depicts a rare case where a solid-
state reaction has taken place. Only from inspection by stereomicroscopy it was
obvious that some transformation must have occurred. The originally smooth sur-
face had transformed and become rough and brittle. Investigation of tablets before
and after stressing has resulted in a very interesting conclusion. Initially the API
was present solely as a Ca salt (visualized in red) together with four excipients:
acidulant (in green), filler (in blue), binder (in cyan) and lubricant (in yellow). After
stressing the situation had changed: the API was found in the aged tablets only as
free base. No more Ca salt was detectable. Astonishingly, an additional component
was found in the tablet, which was identified with reference spectra: a calcium salt
of the acidulant (visualized in purple).

This finding has led to the conclusion that the API must have reacted with the
acidulant and a cation transfer must have occurred. The initial Ca salt form of the
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Fig. 8.12 Stereomicroscopic image of a tablet illustrating the initial appearance. Image (b) visu-
alizes the alterations that occurred during stressing at increased temperatures and humidity for a
certain point in time. The surface of the tablet has become much rougher and the texture more
brittle. (¢) CRM image of an initial smooth tablet surface. The API is present as a calcium salt. The
acidulant is visualized in green, the filler in blue, the binder in cyan and the lubricant in yellow.
Image (d) represents a CRM image of the rough surface of a stressed tablet. Acidulant, filler, binder
and lubricant are still present but the API is now found as free base; no more API-Ca salt is present.
In addition a further component was detected which could be identified as the calcium salt of the
acidulant, visualized in purple in (e). CRM data were obtained using a WITec CRM200 equipped
with a 20 x lens (NA 0.40) and a Nd: YAG laser (532 nm at 50 mW) at a pixel number of (¢) 62,500
and (d or e) 40,000 and an integration time of 50 ms per pixel

API was hydrated. During the solid-state reaction with the acidulant the crystal
water was released and the free water had soaked the tablet, leading to an increased
surface roughness. The reaction is denoted as follows:

[API][Ca]* x H,0 + [Acidulant][H], — [API][H], + [Acidulant][Ca]™ x H,O
(8.1)
Confocal Raman microscopy is extremely powerful in discriminating solid states.
Even when substances are chemically identical or very closely related, the Raman
spectrum normally shows sufficient spectral dissimilarities due to different solid
states to discern them unequivocally. Figure 8.13 represents a CRM image of a
physical mixture of six closely related APIs.
This physical mixture was prepared as proof that CRM is suitable to discriminate
a co-complex of two APIs (API1 and API2) and the pure non-complexed forms of
API1 and API2. To further complicate things, other solid-state forms of API1 and
API2 were added. Even though very closely chemically related, the six compounds
were easily discriminated by CRM. Co-complex and single API particles showed
sufficiently different spectral features to distinguish them.
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Fig. 8.13 CRM image of a physical mixture of six closely related APIs: a co-complex of two APIs
(API1 and API2) in red, a salt form of API1 in blue, the free acid form of APII in green, a salt form
of API2 in purple, the free acid form of API2 in yellow and finally an ester form of API2 in cyan.
Even though very close chemical relationships exist, the six compounds can be discriminated by
CRM. See main text body. Data were obtained using a WITec CRM200 equipped with a 20 x lens
(NA 0.40) and a Nd: YAG laser (532 nm at 50 mW) at a pixel number of 16,000 and an integration
time of 50 ms per point

8.2.2.4 Foreign Particulates

In general, pharmaceutical products are required to be essentially free of visible
foreign particles; limits on the number of subvisible particles are allowed. The FDA
requires that contamination problems are fully investigated in a timely fashion. Iden-
tification of small particle contamination is thus of key importance in the develop-
ment of pharmaceutical products and formulations for regulatory compliance [140].

There are two general types of contaminants, product-related and foreign mate-
rial. Ingredients may coagulate or precipitate, thus forming solid particles or degra-
dation of any component might be the origin of any product-related contaminant.
Particles of external origin may be derived from the product container or packaging
material. These types of particles include glass, rubber, aluminium, plastics and
paper. Contamination can also result from the manufacture of the product; examples
of these include charred product, detergents and lubricant oils. Metal and metal
corrosion, Teflon, graphite and rubber particles are indications of tank, filter or
equipment failure. Environmental contaminants such as fibres and skin cells are
also detected. The most common contaminants in pharmaceuticals are cellulose
(cotton and paper) fibres, synthetic fibres, silicone, plastics, rubber, metal particles
and corrosion products, glass particles and char particles [141].

Microscopical analysis is particularly well suited to the analysis of particulate
contamination because the particles are usually too small to be analysed using con-
ventional methods. Size, shape and surfaces of a foreign body can be described
with simple light microscopy. Often more powerful methods are required, allowing
information on the identity of the material to be obtained. Chemical imaging is
highly suitable to resolve such tasks. EDX is especially valuable in the analysis
and comparison of glass and metallic fragments. Vibrational microspectroscopy is
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— Experimental spectrum
| —Ha2504, Thénardite

Fig. 8.14 A contaminant, foreign in particle size and shape, was found in a powder mixture
as can be seen in the SEM image in (a). An EDX spectrum was acquired on one of these
particles. Elemental analysis has disclosed the presence of sodium, oxygen and sulphur within the
contaminant as presented in (b). Further analysis by CRM has similarly resolved such particulates,
visualized in pink in (¢). Comparison of the obtained Raman spectra with reference spectra has led
to the solution sodium sulphate, presented in (d). CRM data were obtained using a WITec CRM200
equipped with a 63 x lens (NA 0.75) and a Nd: YAG laser (532 nm at 50 mW) at a pixel number of
62,500 and an integration time of 50 ms per pixel

similarly powerful for identification of small particles, especially those of an organic
nature [142—144].

The potential chemical imaging is illustrated in Fig. 8.14. Foreign particulates
were found within a solid powder mixture. The contaminants were different from the
rest of the powder particles in particle size and shape. EDX elemental analysis of one
of these particles has disclosed the presence of sodium, oxygen and sulphur within
the contaminant. Further analysis of the contaminants by CRM and comparison of
the obtained Raman spectra with reference spectra from a database has resolved the
identity. The foreign particulates were made from non-critical anhydrous sodium
sulphate, a by-product of a preparation process.
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8.3 Conclusions

Health authorities are encouraging the pharmaceutical industry to adopt the use of a
quality by design (QbD) approach, where quality is designed into the product rather
than quality being tested in the product. The concept of QbD, which can be applied
during development, manufacturing and life cycle management, is based on the idea
that processes are understood thoroughly.

One approach towards successful QbD is the implementation of chemical imag-
ing methods within the development cycle. CI, in particular confocal Raman
microscopy, provides valuable information on pharmaceutical samples. Various
aspects of a product can be characterized by chemical imaging, such as visual
appearance (morphology, particle size, particle size distribution and surface rough-
ness), content uniformity (composition, distribution and homogeneity), chemical
identity (structure and stability) and physical state (solid state, polymorphism, crys-
tallinity and phase transformations). Especially the combination of several CI meth-
ods is highly valuable. Due to their complementary nature with different spatial res-
olutions and different types of chemical information provided, intrinsic advantages
of every method accumulate and limitations are decreased. Chemical imaging can
be applied not only for product development, product design, process validation,
process quality control, life cycle management but also for counterfeit and gener-
ics analysis. Solid as well as liquid and semi-liquid dosage forms can be probed;
single components, e.g. pure drug substance, as well as complex formulations can
be investigated from a nanoscopic resolution up to the macroscopic regime.

Several successful applications of confocal Raman microscopy and energy-
dispersive X-ray analysis implemented for the characterization of pharmaceutical
solid dosage forms were presented in this chapter. Content uniformity, solid-state
analysis or contaminant analysis are easy tasks for CI, especially if methods
are applied in combination. The complementarity of CRM together with EDX is
apparent.

8.4 Materials and Methods

Confocal Raman microscopy was performed using a WITec CRM200 (WITec
GmbH, Ulm, Germany) equipped with a Nd:YAG laser (532nm at 50 mW) and
a HeNe laser (633 nm at 35 mW). Three LD Plan-Neofluar® lenses were employed,
namely 20 x (NA 0.40), 40 x (NA 0.60) and 63 x (NA 0.75, Carl Zeiss Microlmag-
ing GmbH, Jena, Germany).

Alternatively, a WITec Alpha700 (WITec GmbH, Ulm, Germany) equipped with
a 40 x Plan ELWD lens (NA 0.6, Nikon GmbH, Diisseldorf, Germany) and a
Nd:YAG laser (532 nm at 50 mW) was employed.

SEM investigations were performed using a FESEM Supra 40 microscope from
Zeiss (Carl Zeiss NTS GmbH, Oberkochen, Germany).

EDX data were obtained using a INCA 300 detector (Oxford Instruments, Abing-
don, UK) attached to a JEOL JSM 6040LV (JEOL Inc., Peabody, USA). The Si(Li)



8 Confocal Raman Microscopy in Pharmaceutical Development 199

detector consisted of a 30 mm? detecting crystal and was mounted at a takeoff angle
of 35° and at 10 mm working distance. Mappings were registered at a spatial res-
olution of 256 x 256 spectra and a spectral range of 0-20keV at frame rates of
26.7s.

Stereomicroscopy was executed using a SteREO Discovery.V12 with PlanApo
S 0.63 x objective (both Carl Zeiss Microlmaging GmbH, Goéttingen, Germany).

Blockfaces and tablet sections were prepared using glass knifes and/or a histo
diamond knife (Diatome AG, Biel, Switzerland) attached to a Leica EM UC6 ultra-
microtome (Leica Microsystems GmbH, Wetzlar, Germany).

Acknowledgments We would like to thank Dirk Mirtin for his assistance with scanning electron
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Chapter 9
Characterization of Therapeutic Coatings
on Medical Devices

Klaus Wormuth

Abstract Therapeutic coatings on medical devices such as catheters, guide wires,
and stents improve biocompatibility by favorably altering the chemical nature
of the device/tissue or device/blood interface. Such coatings often minimize tis-
sue damage (reduce friction), decrease chances for blood clot formation (prevent
platelet adsorption), and improve the healing response (deliver drugs). Confocal
Raman microscopy provides valuable information about biomedical coatings by,
for example, facilitating the measurement of the thickness and swelling of friction-
reducing hydrogel coatings on catheters and by determining the distribution of drug
within a polymer-based drug-eluting coatings on stents. This chapter explores the
application of Raman microscopy to the imaging of thin coatings of cross-linked
poly(vinyl pyrrolidone) gels, parylene films, mixtures of dexamethasone with var-
ious polymethacrylates, and mixtures of rapamycin with hydrolysable (biodegrad-
able) poly(lactide-co-glycolide) polymers. Raman microscopy measures the thick-
ness and swelling of coatings, reveals the degree of mixing of drug and polymer,
senses the hydrolysis of biodegradable polymers, and determines the polymorphic
forms of drug present within thin therapeutic coatings on medical devices.

9.1 Background

The introduction of synthetic or modified natural materials (‘“biomaterials”) into the
human body for the treatment, augmentation, or replacement of tissue or organs
presents significant challenges. First, the biomaterial must retain “biofunctional-
ity” in the aggressive chemical, enzymatic, and mechanical stress environments
within the human body. Second, the biomaterial must exhibit “biocompatibility”
and thus not induce allergic, toxic, or carcinogenic reactions or create blood clots.
Ideal biocompatibility means the body “accepts” the biomaterial: the surface of the
implanted material induces the same biochemical reactions induced by tissues in
the body [1, 2]. Unfortunately, most implanted materials react non-ideally with the
body, inducing a cascade of biochemical processes. Tissues surrounding an implant
often react as if an injury or infection had occurred, and inflammation cells attack the
implant. In the typical positive scenario, biocompatibility occurs through creation of
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a thin layer of fibrotic (scar) tissue without inflammation cells which encapsulates
the implant and prevents further biochemical reactions [3].

The nature of the outer surface of the biomaterial influences the types of pro-
teins which initially adsorb onto the implant surface and thus influences cellular
responses to the implant. Both surface chemistry (charge, polarity, hydrophilicity)
and surface morphology (roughness, mechanical compliance) play a role in cell-
biomaterial interactions. In general, hydrophilic surfaces are more biocompatible
than hydrophobic surfaces [1]. Surface modification of biomaterials through appli-
cation of “therapeutic coatings,” coatings, which induce beneficial healing effects,
is one approach for improving the biocompatibility of medical devices.

Therapeutic coatings for medical devices fall into two categories: passive and
active. Upon coating a hydrophobic material with a hydrophilic gel, “passive” ther-
apeutic effects occur as the medical device surface now presents the surrounding
tissue with a soft, porous, hydrophilic surface filled with body fluids. In the case of
temporary use medical devices such as catheters or guide wires, hydrophilic gels
improve the ability to maneuver the device through arteries by providing a slippery
low friction and non-thrombogenic surface between the device and the blood vessel
walls. In the case of implanted devices, healthy tissue often grows into hydrophilic
gels [1].

“Active” therapeutic coatings result from binding biochemically active materi-
als (proteins, biopolymers) onto surfaces, which hopefully induce the biochemical
reactions to favor biocompatibility [2]. Another type of active therapeutic coating
controls the release of a drug into the tissue surrounding a device with the goal
of inducing the proper healing responses in a localized area around the device [4].
Local drug delivery (with controlled release) offers significant advantages over sys-
temic drug delivery (injections or tablets) by maintaining drug dosage within the
therapeutic window and reducing toxic side effects (Fig. 9.1). One highly successful
example of an active therapeutic coating on a medical device is the “drug-eluting
stent” [4].

One option in the treatment of atherosclerosis of the heart involves implanta-
tion of a stent (Fig.9.2), a wire mesh, which when inserted into a blood vessel
opens blockages and restores blood flow, while mechanically preventing the re-
collapse of the vessel. In some cases, stent implantation causes tissue damage and
induces formation of excess scar tissue, which results in re-blockage of the artery

=
=

Site specific controlled release Toxic

i Therapeutic
/' Window

Low Ineffective

Tissue Drug
Level
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Fig. 9.1 Schematic illustration of drug level in tissue as a function of time. Comparison of multiple
injections (blue) with site-specific controlled drug delivery (green)
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Fig. 9.2 Brightfield microscopy image of drug-eluting stent (8-mm long Cordis Cypher stent)

(restenosis). Through delivery of an antiproliferative drug, such as rapamycin from
a drug-eluting stent (a stent coated with a thin polymer coating containing drug),
restenosis events are significantly reduced [4]. Formulation of drug-eluting coatings
remains a challenge since the coating must be thin and conformal, the polymer
matrix must be tailored to incorporate high concentrations of drug and to control
the rate or release (elution) of the drug, and the coating must withstand the severe
deformations of the stent wires, which occur upon insertion of the stent into the
blood vessel. Once the drug has eluted, the healing process should result in encap-
sulation of the stent wires into healthy tissue within the walls of the blood vessel.

Critical to the development of a successful therapeutic coating is a thorough
physical and chemical characterization of the coating prior to implantation (in vitro),
along with characterization of the interaction of the coated medical device with tis-
sue after implantation in the body (in vivo). For hydrophilic gel coatings, questions
arise as to the coating thickness, uniformity of thickness, and degree of swelling. For
drug-eluting coatings, additional questions arise as to the homogeneity of mixing of
drug and polymer, the polymorphic form of the drug present, and the mechanisms
by which the drug elutes from the polymer. As highlighted in this chapter, confocal
Raman microscopy provides some insights and answers to these questions.

9.2 Passive Therapeutic Coatings

9.2.1 Coating Thickness

Coating thickness is sometimes surprisingly difficult to accurately measure. Coating
durability, degree of swelling, and biochemical efficacy often correlate with coating
thickness. From experience, various methods successfully measure coating thick-
ness, but each method exhibits advantages and disadvantages. Confocal Raman
microscopy provides one useful in situ method for the measurement of coating
thickness.

Creation of a sharp step between coated and uncoated regions allows the step
height (coating thickness) to be measured by electron microscopy, interferometry,
or atomic force microscopy (AFM) methods. While creation of a clean, sharp step
is sometimes possible via scraping or cryo-fracture, the method requires coatings
with poor adhesion to the substrate or coatings, which have significantly different
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mechanical properties compared to the substrate such that the coating partially
cracks off the substrate and creates a step between coated and uncoated regions.
However, the method does destroy the sample, and sampling—the ability to measure
coating thickness at many locations to gain statistical confidence—is problematic.

If the refractive index of the coating differs significantly from that of the sub-
strate (for example, polymer coatings on metal or glass), interferometric methods
sometimes successfully measure coating thickness. In certain cases, the interfer-
ence fringes created by light interacting with the air/coating interface and the coat-
ing/substrate interface may allow creation of images of the distribution of coating
thickness over a region with nanometer vertical resolution (z) and optical resolution
in x—y [5]. In commercially available instruments, the refractive index difference
between substrate and coating must be significant (greater than about 0.5) and the
coating must be thicker than 1 or 2 pm for the method to be successful.

Confocal Raman microscopy also allows measurement of coating thickness of
polymers on various substrates. For example, consider a coating of dry hydrophilic
polymer (cross-linked poly(vinyl pyrrolidone)) on glass. A cross-sectional image
created by mapping the intensity of the polymer Raman bands (carbon-hydrogen
stretch region where air and glass exhibit no signal) indicates regions where
polymer coating is present versus regions where polymer was scraped off the
glass (no Raman signal) (Fig.9.3). Note that the image was created using a
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Fig. 9.3 Top: Raman microscopy cross-section image of poly(vinyl pyrrolidone) hydrogel coating
on glass. Bottom: profile of Raman signal intensity (2800-3100 cm ™! band) through coating along
path indicated by dashed red line
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100x microscope objective with a numerical aperture (NA) of 0.90 without
application of immersion oil (dry). A plot of the integrated intensity as a function of
vertical (z) distance over one section of this image shows a peaked curve (Fig. 9.3).
Upon using the assumption that the actual interface appears at 50% of the maxi-
mum Raman intensity, the coating thickness in this region is determined to be about
1.8 wm (Fig. 9.3).

The 50% maximum intensity method is applied with the assumption that the
vertical resolution at each interface in the confocal Raman measurement is at best
about 0.5 wm but likely poorer [6, 7]. Despite the resolution limitations, the thick-
ness measured by confocal Raman microscopy compares favorably with the values
obtained in the AFM and interferometric methods, for both the coatings shown in
Fig. 9.3 also for a similar sample with a slightly thicker coating (Table 9.1).

Especially for thicker samples, use of a dry microscope objective becomes prob-
lematic. Spherical aberrations occur at the interfaces between the microscope objec-
tive, air, and the sample, which compress the vertical axis in the measurement and
result in significantly smaller values of coating thickness compared to those obtained
from other methods [6, 7]. However, use of oil-immersion fluid to reduce spher-
ical aberration is not practical for the polymer coatings examined here, since the
coatings absorb immersion oil. Another way to approximately correct for spherical
aberrations is to multiply the vertical scale of the confocal Raman measurement
by the refractive index of the polymer (1.53 for poly(vinyl pyrrolidone)). For the
coatings examined above, the “corrected” thickness values appear somewhat greater
than those obtained with the AFM and interferometry methods, but still within the
estimated resolution limits of the Raman method (Table 9.1).

Vapor deposition of parylene, a hydrophobic barrier polymer used in medical
device applications, creates coatings of extremely uniform thickness [8]. Knowledge
of the mass of coating applied, the density of the coating (1.283 g/cm?®), and the
dimensions of the substrate allow calculation of the expected coating thickness.
For two significantly different coating weights applied to silicon wafers, the AFM
and interferometry methods show general agreement with the calculated value of
the coating thickness (Table 9.2). However, the Raman intensity method (50% of
maximum) yields much smaller thickness values compared to calculated AFM and

Table 9.1 Coating thickness of poly(vinyl pyrrolidone) hydrogels on glass (jum)

Sample  AFM-step  I-step  I-thickness = Raman  Raman*

1 2.2 22 23 1.8 2.7
2 2.5 2.5 29 2.1 3.1

AFM-step = atomic force microscopy, height of step between coated
and uncoated

I-step = interferometry, height of step between coated and uncoated

I-thickness = interferometry thickness method (subtraction of fringes
at interfaces)

Raman = 50% intensity method shown in Fig. 9.3, 100x dry objective
(NA = 0.90)

Raman* = Raman value multiplied by refractive index of polymer
(1.53)
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Table 9.2 Coating thickness of parylene on silicon wafer (jLm)

Sample Calculated AFM-step I-step I-thickness Raman Raman*

Wafer1 1.7 1.6 1.5 1.9 1.0 1.7
Wafer2 5.5 . 4.9 5.2 2.8 4.6

Abbreviations and descriptions as per Table 9.1

Average of five measurements per sample

* Raman value multiplied by the refractive index of parylene (1.66)
** Too thick to measure with AFM

interferometry results (Table 9.2). Here especially, correction for spherical aberra-
tions by multiplication of the thickness value by the refractive index for parylene
(1.66) results in coating thickness values, which compare favorably with the calcu-
lated values (Table 9.2).

For a set of even thicker coatings of poly(ethyl methacrylate) polymer (refractive
index = 1.485) on steel substrates, the Raman and interferometry measurements
correlate linearly, but again the Raman measurements (dry objective) underestimate
the coating thickness significantly (Fig. 9.4).

20 . T —
y = 15761 + 0.57689x R= 0.99689

L ]
15 |

Coating Thickness: Raman
(Dry Objective, pm)
)
3

0 5 10 15 20 25 30 35
Coating Thickness: Interferometry (um)

Fig. 9.4 Correlation of coating thickness as measured by Raman microscopy with coating thick-
ness as measured by interferometry (thickness method) for coatings of poly(ethyl methacrylate) on
steel

9.2.2 Swelling of Hydrophilic Gel Coatings

While use of an oil-immersion object to reduce spherical aberrations is not
practical due to oil absorption, use of a water-immersion objective on cross-linked
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Fig. 9.5 (a) Raman microscopy cross-sectional image of a dry poly(vinyl pyrrolidone) coating on
glass as imaged with a 100x dry objective (NA = 0.90). (b) Raman microscopy cross-sectional
image of a wet poly(vinyl pyrrolidone) coating on glass as imaged with a 60x water-immersion
objective (NA = 1.00)

hydrophilic gel coatings not only results in a reduction of spherical aberrations
but also allows measurement of the water swelling behavior of a gel coating. Two
different cross-linked poly(vinyl pyrrolidone) coating formulations on glass were
imaged dry (dry objective 100x, NA = 0.90) and wet with water (water-immersion
objective 60x, NA = 1.00). Upon soaking, the Raman signal from the coating
(CH-stretch) decreases due to dilution of the coating with water, and the Raman
signal extends much farther above the glass surface indicating the gel is swollen
(Fig. 9.5).

From these images, thickness values were calculated, and the swelling ratio (wet
thickness/dry thickness) estimated (Table 9.3). Formula 1 appears to be more cross-
linked (swells less) than Formula 2 (Table 9.3).

Table 9.3 Swelling of poly(vinyl pyrrolidone) hydrogels

Formula Thickness dry (jum) Thickness wet (jum) Swelling ratio

1 4.9 8.3 1.7
2 1.8 5.5 3.0
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9.3 Active Therapeutic Coatings

9.3.1 Coating Morphology

The passive therapeutic coatings discussed above usually contain one type of cross-
linked hydrophilic polymer. On the other hand, active therapeutic coatings for drug
delivery are often blends of drug(s) with hydrophobic polymer(s). Coatings of drugs
alone usually exhibit little mechanical strength and often release drug too quickly,
but upon blending with polymers, good mechanical strength and controlled release
of the drug are possible. Upon optimization of the drug—polymer interaction, the
polymer should slow the diffusion of water into the coating and thus slow the diffu-
sion of drug out of the coating.

Upon blending multiple ingredients, coating morphology (microstructure)
becomes important. The degree of dispersion of drug within the coating influ-
ences the mechanical strength of the coating: coarse dispersion of drug likely yields
weaker coatings since the drug itself exhibits little mechanical strength. Note that
with fine dispersion, drugs may act as plasticizers [9].

The morphology of the coating also strongly influences the mechanisms and
rate of drug elution. If the polymer provides a diffusional barrier to the drug, as
the degree of mixing between drug and polymer increases, the rate of drug elu-
tion should slow. However, not only is mixing critical but also important is the
physical form (polymorphic form) the drug assumes within the coating. Drugs
may exist in various polymorphs: a non-crystalline (glassy) amorphous form, var-
ious crystalline forms with different crystal lattice spacings, or in a crystalline
form incorporating some solvent or water (solvate or hydrate) [10]. These drug
polymorphs may dissolve at different rates and thus influence the overall elution
rate [10].

In particular, drug in the glassy amorphous form exhibits unique properties. Upon
cooling molten liquid drug at a high cooling rate, a supercooled liquid may form,
which upon further cooling freezes into a metastable glass (at a glass transition tem-
perature). At lower rates of cooling, the drug will crystallize. Compared to the crys-
talline state, amorphous drug exhibits higher internal energy and thus may exhibit
greater rates of dissolution, greater solubility, and greater bioavailability [10, 11].
However, the amorphous drug may also exhibit greater chemical reactivity along
with a tendency to spontaneously crystallize [10, 11].

Recent work indicates that polymers can stabilize the amorphous state of a drug,
but that the stabilization is kinetic rather than thermodynamic [12, 13]. The inher-
ent solubility of drug in polymer is usually low, but significant supersaturation is
possible in some cases. Polymers reduce molecular mobility and thus increase the
kinetic barriers to crystallization [12, 13]. Note that an amorphous drug/polymer
mixture might be a molecular “solution” of drug in polymer, but could be a dis-
persion of amorphous drug domains in polymer. In x-ray diffraction, amorphous
drug and polymers appear as a background signal without sharp spectral features,
which complicates separation of the components in a mixture. However, in Raman
microscopy, amorphous drug, crystalline drug, and polymers often exhibit spectra
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with unique spectral features, which allow separation of the signals and hence the
corresponding components in the sample.

As demonstrated below, confocal Raman microscopy helps to answer the phar-
maceutics questions regarding drug polymorph form within drug/polymer coatings.
Raman microscopy shows the degree of mixing of drug within polymer matrices,
and Raman spectra often uniquely fingerprint the polymorphic forms of drugs within
coatings.

9.3.2 Drug Mixed with Single Polymer: Morphology and Elution

In an effort to better understand the relationships between the drug morphology
(degree of mixing, polymorphs) and elution behavior, the steroid dexamethasone
was mixed with a series of polymers whereby the hydrophobic nature of the poly-
mer was systematically varied. Upon increasing the alkyl chain length of poly(alkyl
methacrylate) polymers, the polymer becomes more hydrophobic. A series of
poly(alkyl methacrylate) polymers ranging from poly(ethyl methacrylate) (alkyl
chain length = 2) to poly(octadecyl methacrylate) (alkyl chain length = 18) were
mixed with dexamethasone at 5, 15, and 33 wt% concentration and spray coated
onto stents from solutions in the solvent tetrahydrofuran (THF).

At first the coatings were observed with an optical microscope under white
light illumination. Using different modes (brightfield, darkfield, and polarized
light), regions of clear and cloudy coating were identified, and the presence and
frequency of birefringent (crystalline) regions qualitatively noted. The resulting
“morphology map” plots the relationship between formulation variables (dex-
amethasone concentration and polymer type) and the observations from optical
microscopy (Fig. 9.6).

Overall, the morphology map indicates that upon increasing dexamethasone con-
centration and/or increasing the alkyl chain length of the polymer, the appearance of
the stent coatings progresses from clear to cloudy to birefringent (Fig. 9.6). In other
words, drug/polymer miscibility decreases at higher drug concentrations and with
more hydrophobic polymers.

Optical microscopy provides a low resolution overview of coating morphology,
but Raman microscopy probes the nature of the clear/cloudy/birefringent morpholo-
gies at higher spatial resolution. Cross-sectional Raman images perpendicular to the
stent wire allow mapping of the distribution of the ingredients in the stent coat-
ings from the outer coating/air surface down to the inner coating/metal wire (stent)
surface.

The micro-Raman spectrum obtained at a particular pixel in a Raman image of
a stent coating contains information on the local composition of drug and poly-
mer at that spatial location, along with information on the polymorphic form of
the drug present. While the spectra of crystalline dexamethasone and, for exam-
ple, poly(butyl methacrylate) polymer differ significantly with some unique peaks
(Fig. 9.7), the spectra of the two polymorphs of dexamethasone (amorphous and
crystalline) differ only subtly with no unique peaks (Fig. 9.8).
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Fig. 9.6 Qualitative evaluation of coatings of dexamethasone in various poly(alkyl methacrylate)
on stents via optical microscopy. Observations of clear, cloudy, and birefringence coatings as a
function of dexamethasone concentration and alkyl chain length (carbon number) of the poly(alkyl
methacrylate)

Thus, independent images of polymer, amorphous drug, and crystalline drug
cannot be generated by simple peak integration. In the following, an augmented
classical least squares method (aCLS) was applied to the full Raman spectral data
set in order to deconvolute the image data into separate images of the distribution
of the amorphous and crystalline polymorphs of dexamethasone within the polymer
matrix [14].

Raman microscopic images were taken of the stent coatings prepared along
the formulation path at fixed 33 wt% dexamethasone, but with varying alkyl chain
length of the poly(alkyl methacrylate) (Fig. 9.6). Along this formulation path, the
coating appearance transitions from clear to cloudy to birefringent (Fig. 9.6). Raman
microscopy of the clear coatings at alkyl chain length of two or three carbons shows
homogeneous mixing of amorphous drug within polymer. However, at an alkyl
chain length of four carbons (poly(butyl methacrylate), PBMA), cloudiness appears
and Raman microscopy indicates some segregation of amorphous drug and PBMA
(Fig. 9.9).

This figure shows a cross-sectional image of the coating on a stent. Top of
image shows air (dark, no Raman signal), middle of image shows coating (brightly
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Fig. 9.9 Raman microscopic cross-sectional image of coating of 33 wt% dexamethasone in
poly(butyl methacrylate) on stent. Red = amorphous dexamethasone, green = poly(butyl
methacrylate). image dimension = 100 x 10 pm

colored), and bottom shows stent metal (dark, no Raman signal). In Fig. 9.9, two
images are overlaid: an image of the Raman signal intensity from amorphous
dexamethasone (color-coded red) and the image of Raman signal intensity from
PBMA polymer (color-coded green). Raman signal intensity is proportional to con-
centration [15]. Thus, yellow regions (red plus green) are mixtures of dexameth-
sone plus PBMA: yellow-green regions are relatively richer in PBMA and orange-
yellow regions are relatively richer in dexamethasone (Fig.9.9). From multiple
observations, the regions of cloudier coating in optical microscopy correlate with
regions of increased dexamethasone signal in Raman microscopy. While the Raman
results indicate some segregation of amorphous dexamethasone into cloudy regions,
the aCLS routine applied to the image data did not detect crystalline dexamethasone.
Note that in optical microscopy the cloudy regions often appear bluish, which is
indicative of scattering from small particulates. The cloudy regions may contain a
dispersion of nano-sized amorphous domains or perhaps contain nano-sized crys-
talline domains below the detection limit of the Raman method.

Upon further increasing alkyl chain length to six (poly(hexyl methacrylate),
PHMA) the morphology map indicates a significant transition to a “medium”
amount of birefringence (Fig. 9.6). The birefringence likely arises from regions of
crystalline drug within the coating. Two regions with birefringence were identified
with the optical microscope and imaged with the Raman microscope.

In the Raman microscopic images of the two regions (Fig. 9.10), the Raman
signal intensities are associated with three colors: red associated with amorphous
drug, green associated with crystalline drug, and blue associated with polymer. The
Raman images of the PHMA coatings show regions of crystalline drug (green),

: S
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Fig. 9.10 Raman microscopic cross-sectional images of two different birefringent regions of coat-
ing of 33 wt% dexamethasone in poly(hexyl methacrylate) on stent. (a) Crystals near outer coating
surface: red = amorphous dexamethasone, green = crystalline dexamethasone, blue = poly(hexyl
methacrylate). (b) Crystals near inner stent surface: red = amorphous dexamethasone, green =
crystalline dexamethasone, Blue = poly(hexyl methacrylate). Image dimension = 100 x 10 pm
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which correlate with the birefringence observed in optical microscopy (Fig. 9.10).
Note, however, that the Raman images distinguish two types of crystalline behavior:
crystalline drug present at the outer coating/air surface (Fig. 9.10a) or crystalline
drug present at the inner coating/metal surface (Fig. 9.10b). Certainly the two types
of crystals will elute differently, since “crystal A” is not covered by a polymer dif-
fusional layer, whereas “crystal B” is.

For the region with crystalline drug near the outer coating/air surface, a bulge
appears in the coating. At the bulge, the laser light in the Raman experiment is
scattered strongly by the crystals, light does not penetrate below the crystals, and
thus the interior region under the crystals appears dark (no Raman signal). On both
sides of the bulge in the coating the coating is transparent, and lavender (purple)-
colored regions indicate significant mixing of amorphous drug (red) with poly-
mer (blue) along with some additional surface segregation of drug into amorphous
(orange-red) and crystalline (green) phases.

For the region with crystalline drug near the inner coating/metal interface, a
smaller bulge also appears over the crystalline region, and amorphous drug is mixed
into the surrounding polymer, along with some surface segregation of amorphous
drug present at both the inner and outer surfaces (Fig. 9.10). These images from
confocal Raman microscopy yield microstructural information rich in detail, show-
ing the spatial relationships between polymer and the amorphous and crystalline
drug regions.

The microstructure revealed by Raman microscopy does correlate with drug elu-
tion. Along the path with fixed 33 wt% dexamethasone, upon increasing the alkyl
chain length, the overall elution rate increases (Fig. 9.11).
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Fig. 9.11 Amount of dexamethasone eluted as a function of time for coatings of 33 wt% dexam-
ethsone in various poly(alkyl methacrylates) on stents
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Fig. 9.12 Percent of dexamethasone eluted in the first 24 h (“burst”) from coatings of 33 wt%
dexamethasone in various poly(alkyl methacrylates) on stents as a function of the alkyl chain length
(carbon number) of the polymer

Note that two components of the elution curves are important: the initial amount
of drug released in the first 24 h (“burst”) and the rate of release of drug thereafter.
The burst increases significantly as amorphous drug crystallizes and separates (de-
mixes) from the polymer, and the polymer is less able to provide a diffusional barrier
to the drug (Fig. 9.12).

After the initial burst, the slopes of the elution curves generally increase as alkyl
chain length is increased, indicative of increasing diffusivity of the drug within the
polymer matrix (Fig. 9.11). Indeed, with increasing alkyl chain length the glass tran-
sition temperature decreases systematically for these poly(alkyl methacrylates) and
thus the free volume within the polymers increases, which is the likely origin of the
increase in elution rate [16]. Note the exception of poly(octadecyl methacrylate).
In this case, the octadecyl side chains are now long enough to crystallize and thus
inhibit drug diffusion (Fig. 9.11).

9.3.3 Drug Mixed with Two Polymers: Blending and Layering

In some cases, performance advantages occur upon blending or layering polymers.
A reinforced polymer matrix results upon mixing a rubbery polymer with a brittle
polymer. A less sticky coating surface results upon layering a non-sticky polymer
over the top of a sticky polymer. When mixing drug into blended or layered poly-
mers, various “phases” are possible: amorphous drug mixed into the first polymer
or amorphous drug mixed into the second polymer or separate phases of pure drug
in crystalline or amorphous form. Raman microscopy allows determination of the
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partitioning of amorphous drug between multiple polymers or the distribution of
drug between layers of polymers.

Consider mixtures of dexamethasone blended into poly(butyl methacrylate)
(PBMA), a hard polymer with a high glass transition temperature, and poly(dodecyl
methacrylate) (PDMA), a soft polymer with a low glass transition temperature. At
a weight ratio of 43.5/43.5/13 of dexamethasone/PBMA/PDMA, a thick layer of
coating solution in THF was cast onto a glass slide and allowed to dry slowly
with the goal of creating relatively large regions of phase separation. A Raman
microscopic planar image of the coating shows round domains of PDMA (blue)
dispersed in a continuum of amorphous dexamethasone (red) mixed with PBMA
(green) which appears yellow-green and orange (Fig. 9.13). Note that upon closer
inspection, some small regions of PDMA mixed with amorphous dexamethasone
(purple) appear within the predominantly PDMA (blue) regions (Fig. 9.13).

Integration of the micro-Raman spectra over the imaged regions clearly shows
the strong preferential partitioning of amorphous dexamethasone into the PBMA-
rich phase: The strong dexamethasone Raman peak at 1660 cm ™! appears substan-
tially larger in the PBMA-rich regions than in the PDMA-rich regions (Fig. 9.14).

Compared to the slowly drying cast film examined above, a much faster drying
process occurs upon spray coating a stent, since multiple thin layers of dried spray
droplets are sequentially applied to build up a thick coating. Upon first spray coating
the same formulation as discussed above, dexamethasone/PBMA/PDMA, onto a
stent, and then overcoating with PBMA alone, a highly microstructured coating is
created (Fig. 9.15). With the same color coding as noted above (amorphous dexa-
methasone = red, PBMA = green, PDMA = blue), the two-layer coating exhibits
three distinct microstructures: a green PBMA-rich layer at the top outer surface
of the coating, a yellow-orange PBMA plus dexamethasone layer at the base of
the coating, along with blue PDMA-rich blobs dispersed throughout the coating.
Surprisingly, the PDMA blobs also appear in the outer PBMA-rich layer, indicating

Fig. 9.13 Raman microscopic image of a 43.5/43.5/13 by weight coating of dexametha-
sone/PBMA/PDMA cast onto glass. Planar image of coating, parallel to glass substrate. Red =
amorphous dexamethsone, green = PBMA, blue = PDMA. Image dimension = 100 x 100 pm
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Fig. 9.14 Average micro-Raman spectra obtained for regions rich in PBMA and for regions rich
in PDMA from the Raman microscopic image shown in Fig. 9.13

Fig. 9.15 Raman microscopic cross-sectional image of twolayer coating on stent. Bottom coating
layer: 43.5/43.5/13 wt% dexamethasone/PBMA/PDMA; top coating layer:100 wt% PBMA; red =
amorphous dexamethasone, green = PBMA, blue = PDMA; image dimension = 120 x 12 pm

some intermixing between the bottom dexamethasone/PBMA/PDMA layer and the
top PBMA layer (Fig. 9.15). The spray coating exhibits similar phase separation to
that found in the cast films, albeit at a smaller length scale: small domains of PDMA-
rich regions dispersed within a continuum rich in both PBMA and dexamethasone.
In addition to the amorphous regions discussed above, a few birefringent regions
were found in the stent coatings of dexamethasone/PBMA/PDMA overcoated with
PBMA. One of these birefringent regions was imaged in order to determine the dis-
tribution of amorphous and crystalline drug within the PBMA/PDMA blend. Since
it is difficult to simultaneously overlay images of all four components, three images
were created for comparison purposes: a first image showing the relationship of
the two drug forms (Fig. 9.16a), a second image showing the relationship of the
two polymers (Fig. 9.16b), and a third image showing the relationships between
amorphous drug and the two polymers (Fig. 9.16c¢).

Clearly the first two images show that amorphous and crystalline drug sharply
segregate and that the two polymers sharply segregate into blobs and layers
(Fig. 9.16). Around the crystalline region, the Raman microscopic images reveal
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Fig. 9.16 Raman microscopic cross-sectional images of two-layer coating on stent. Bottom coat-
ing layer: 43.5/43.5/13 wt% dexamethasone/PBMA/PDMA; top coating layer: 100 wt% PBMA;
(a) red = amorphous dexamethasone, green = crystalline dexamethasone; (b) red = PBMA,
green = PDMA; (¢) red = amorphous dexamethasone, green = PBMA, blue = PDMA; image
dimensions = 120 x 12 pm

a microstructure similar to that found in Fig. 9.15: a PBMA-rich layer (green) on
top of a PBMA plus dexamethasone layer (yellow-orange), along with dispersed
PDMA-rich blobs (blue) (Fig.9.16). As found within the drug/single polymer
mixtures, in the drug/multiple polymer mixtures birefringence is correlated with
crystalline regions which appear within bumps (thicker regions) in the coating.

From the comparison of Fig. 9.16(a) and (b), it appears that the crystals formed
in regions richer in PDMA than PBMA. As implied in all the results from both
cast films and spray coatings, and also in the morphology map of dexamethasone
in single polymers, dexamethasone appears much less “soluble” in PDMA than
PBMA, and thus dexamethsone likely crystallizes (separates out) at much lower
concentrations in PDMA than in PBMA. And, as discussed in the next section, if
the drug becomes mobile, regions of PDMA could act as nucleation sites for the
transition from amorphous to crystalline dexamethasone.

9.3.4 Drug Mixed with Two Polymers: Exposure to Water

Spin coatings of dexamethasone/PBMA/PDMA on silicon wafers also create the
same morphology observed in cast coatings on glass: round PDMA-rich regions
dispersed in PBMA plus dexamethasone. However, in spin coatings the size of the
PDMA -rich regions is smaller and the overall coating thinner than found for the cast
film coatings. In an effort to better understand the early stages of the drug elution
process, a spin coating of dexamethasone/PBMA/PDMA was submerged in water
and imaged using a water-immersion objective. A first Raman image shows the
relationship of the two drug forms (Fig. 9.17a), and a second Raman image shows
the relationship of the two polymers (Fig. 9.17b).
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(A) (B)

Fig. 9.17 Raman microscopic images of a 43.5/43.5/13 by weight coating of dexametha-
sone/PBMA/PDMA. Spin coating on silicon wafer soaked for 1 h in water and imaged with water-
immersion objective. Planar image of coating, parallel to wafer substrate. (a) Red = amorphous
dexamethasone, green = crystalline dexamethasone. (b) Red = PBMA, green = PDMA. Image
dimensions = 25 x 25 um

Small crystals of drug appeared in the coating upon exposure to water for about
1h (Fig. 9.17). However, as Raman microscopy shows, the crystals appear non-
uniformly over the coating surface: most of the crystals formed in locations which
were PDMA rich (Fig. 9.17). Apparently, even though a much higher concentration
of amorphous dexamethasone mixes with PBMA than with PDMA, the amorphous
dexamethasone present in PDMA-rich regions is less stable upon exposure to water
and crystallizes readily upon exposure to water for relatively short periods of time.
Water is a strong plasticizer and only small amounts of water are required to reduce
the glass transition temperature of an amorphous drug or polymer [10].

In summary, for coatings of dexamethasone in PBMA/PDMA blends, dexam-
ethasone appears much more miscible with PBMA than PDMA. Upon mixing
dexamethasone in both PBMA and PDMA simultaneously, dexamethasone prefer-
entially partitions into PBMA at a relatively high concentration compared to PDMA
(Fig. 9.14). Following exposure of these mixtures to water, crystals of dexamethsone
nucleate within PDMA-rich regions (Fig. 9.17).

9.3.5 Drug Mixed with Biodegradable Polymer: Drug Elution
with Polymer Degradation

In some cases, the interaction between human tissue and metal yields better bio-
compatibility than the interaction between tissue and polymer. “Biodegradable”
polymers coated onto stents initially control the elution of drug and then erode
away, leaving a bare metal surface. Biodegradation occurs through hydrolysis or
enzymatic degradation which breaks the polymer into small molecular fragments
[17]. Here a common biodegradable polymer, poly (D,L lactide-co-glycolide) or
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PLGA was mixed with a high concentration (50 wt%) of the drug rapamycin, spray
coated onto stents, and the coated stents soaked in buffer at 37°C. Note that a
recently published study on similar mixtures compared the results of x-ray pho-
toelectron spectroscopy (XPS) and time-of-flight secondary ion mass spectrometry
(ToF-SIMS) with results from Raman microscopy [18].

Prior to soaking, the 50/50 rapamycin/PGLA coating appeared somewhat cloudy,
and cross-sectional Raman microscopic images show some segregation of amor-
phous rapamycin from the PLGA polymer, with no crystalline rapamycin present
(Fig. 9.18). After soaking in buffer for 10 days, chemical analysis of the drug con-
tent of the buffer indicated that more than 50% of the drug eluted from the coating.
Raman microscopy confirms the chemical analysis: after soaking for 10 days, the
average Raman signal due to rapamycin decreases substantially compared to the
average signal found prior to soaking, over the regions of the coating imaged with
Raman microscopy (Fig. 9.19).

However, Raman microscopic images indicate that the elution is non-uniform:
after soaking, the coating exhibits significant non-uniformities in the distribution of
the remaining amorphous rapamycin (Fig. 9.18). Note that the rapamycin does not
crystallize during elution and that no pores or voids appear in the coatings. Upon
soaking, not only does drug elute by diffusion, but water also penetrates into the
coating. The addition of water likely reduces the glass transition temperature of the
PLGA, which perhaps allows “healing” of the polymer as drug elutes.

Comparison of the Raman images before and after soaking for 10 days suggests
that some decrease in coating thickness occurs (Fig. 9.18). The thickness decrease
could be due to biodegradation of PLGA, but is more likely due to elution of sig-
nificant volumes of rapamycin. After soaking for an additional 22 days (total of
32 days), coating thickness continues to decrease. However, the average Raman
spectrum over imaged regions of the coating shows no evidence for chemical
changes in the PLGA polymer (Fig. 9.20). Upon hydrolysis, the molecular weight
of the polymer remaining in the coating probably decreases [17, 19]. The Raman
spectrum of PLGA will change with changes in the copolymer composition and
polymer crystallinity, but is not sensitive to changes in molecular weight [20].
Comparison of the Raman spectrum of the coating after soaking for 32 days with

(8)

Fig. 9.18 Raman microscopic cross-sectional images of 50 wt% rapamycin in PLGA coated onto
a stent. (a) Prior to soaking in buffer. (b) After soaking in buffer for 10 days at 37°C. Image
dimensions = 70 x 30 um
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Fig. 9.19 Average micro-Raman spectra over the regions imaged in Fig. 9.18. Comparison of the
spectra of coatings of 50 wt% rapamycin in PLGA prior to soaking and after soaking for 10 days
with the spectra of rapamycin and PLGA standards
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Fig. 9.20 Comparison of the Raman spectra of PLA and PLGA standards with the average micro-
Raman spectra over an imaged region of a stent coating (50 wt% rapamycin in PLGA coating on
stent soaked in buffer for 32 days at 37°C)
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the spectra of PLGA polymer (50/50 lactide/glycolide) and poly(D,L lactide) (100/0
lactide/glycolide) suggests no preferential hydrolysis of glycolide or lactide.

9.4 Summary

In many cases, therapeutic coatings on medical devices provide significant clinical
benefits by mediating device/tissue and device/blood interactions. In the develop-
ment of therapeutic coatings, significant challenges arise in meeting biocompati-
bility, durability, and other performance criteria. As shown in this chapter, confocal
Raman microscopy of therapeutic coatings yields important information on the coat-
ing thickness, degree of swelling, degree of dispersion of drug, and the polymorphic
forms of drugs present within the coatings. Such information helps in the elucidation
of the mechanisms by which hydrophilic gel coatings swell, reduce surface friction,
and increase blood compatibility. This further helps in the elucidation of the mecha-
nisms by which drug elutes from coatings on stents and how biodegradable coatings
on stents erode with time. In particular, confocal Raman microscopy allows char-
acterization of the materials science and pharmaceutics aspects of the amorphous
form of drugs. Drug in amorphous form presents both benefits and challenges and
is difficult to characterize with methods other than confocal Raman microscopy.
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Chapter 10
Raman Imaging of Plant Cell Walls

Notburga Gierlinger

Abstract To gain a better understanding of plant cell walls, several microscopic
and chemical methods have been used for their analysis in recent years. However,
a knowledge gap exists about the location, quantity, and structural arrangement of
molecules on the micrometer scale within the native cell wall. Advances in confocal
Raman microscopy and imaging have tackled this problem in a non-invasive way
and provide chemical and structural information in situ with a high spatial resolution
(<0.5 um).

Examples of high-resolution Raman imaging on wood cells are given, show-
ing that changes in polymer chemistry and orientation can be followed within and
between different cell wall layers. In horsetail (Equisetum hyemale [E. Hyemale])
tissue, in addition to the mapping of plant cell wall polymers, the distribution of
amorphous silica is investigated. Area scans from a cross-section are included as
well as a depth profiling within a silica-rich knob on the outer stem wall.

10.1 Introduction

To gain a better understanding of plant cell walls several microscopic and chemical
methods have been applied during the last years. However, a knowledge gap exists
concerning the location, quantity, and structural arrangement of molecules on the
microlevel in the native cell wall. Advances in confocal Raman microscopy and
the imaging approach have tackled this problem in a non-invasive way and provide
chemical and structural information in-situ with a high spatial resolution (< 0.5pwm).
Examples of high-resolution Raman imaging are given on wood cells, showing that
changes in polymer chemistry and orientation can be followed within and between
different cell wall layers. Chemical images are based on the changes of the inte-
gral intensity or band width of Raman bands attributed to specific plant cell wall
polymers and cellulose orientation. In addition to the mapping of the plant cell wall
polymers, the distribution of amorphous silica is followed and chemical imaging
based on a partial least square fit with model spectra (basis analysis) is shown in
horsetail tissue (Equisetum hyemale).
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10.2 Plant Cell Walls

Plant cell walls are complex and dynamic structures and determine cell and plant
shape [1]. Built up by incorporation of photosynthetically fixed carbon they rep-
resent the most abundant source of terrestrial biomass and renewable energy. Fur-
thermore they are of practical importance for human and animal nutrition and as
a source of natural fibers for textiles, materials, and paper products. The under-
standing of plant cell walls is thus of high interest for many practical applications,
from both the scientific and biomimetic view, as nature has evolved a big pool of
plant cell walls differing in properties according to the desired needs. On a broad
view two types of cell walls can be distinguished: primary walls are deposited dur-
ing cell growth and secondary cell walls after cell growth has ceased. Primary cell
walls need to be both mechanically stable and sufficiently extensible to permit cell
expansion while avoiding the rupture of cells under their turgor pressure and consist
mainly of polysaccharides that can be broadly classified as celluloses, hemicellu-
loses, and pectins. The latter two classes of cell wall components are often referred
to as matrix polysaccharides. Secondary cell walls are deposited after the cessation
of cell growth and confer mechanical stability upon specialized cell types such as
xylem elements and sclerenchyma cells. These walls represent composites of cellu-
loses and hemicelluloses and are often impregnated with lignins, an aromatic system
composed of phenylpropane units [2—4]. Crystals of cellulose form the microfibril-
lar foundation in all plant cell walls. Although native cellulose, termed cellulose
I, has been one of the most studied subject in polymer science, the biosynthesis
and ultrastructure of cellulose are not yet completely resolved [5-8]. The deceptive
simplicity of the repeating $-1-4 linking cellobiose unit is not indicative of the
complex arrangement of amorphous and crystalline regions at the fibril and fiber
level. Within the plant cell wall cellulose is embedded in the matrix polymers, which
play an important role in the development of the cell wall [9, 10] as well as for its
final properties. The polysaccharidic matrix polymers, the hemicelluloses, and the
pectins comprise a variety of different chemical configurations as well as the lignin,
the polyphenolic incrusting polymer in secondary plant cell walls.

Furthermore the secondary plant cell wall of wood consists of different sublayers
(S1, S2, and S3) formed at different periods during cell differentiation [11]. The S2
layer is the thickest (75-85% of the total thickness of the cell wall) and most impor-
tant for mechanical stability [12]. Between adjacent cells, a middle lamella layer
attached to the primary cell wall ensures the adhesion of a cell to its neighbors. The
chemical composition of the cell wall and the alignment of the cellulose microfib-
rils in the different sublayers show significant inter- and intraspecies variability and
determine the different cell wall properties [13].

Most traditional chemical analyses of plant cell walls are destructive, since they
require disintegration of the plant tissue. But the functional characteristics of cell
walls depend not only on the composition of the cell wall polymers but also on the
fine details of their macromolecular structure and conformation and on their highly
ordered architecture at scales from a few nanometers to several microns. Much of
this fine detail is lost when cell wall polymers are fractionated and/or solubilized
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to be examined by the classical chemical techniques. In addition, sample isolation
difficulties arise when small cell wall areas or single layers are of interest, since they
have to be carefully excised.

The combination of Raman and infrared spectroscopy with microscopy has
developed as an important set of tools in plant cell wall research [14-22], as they
allow to acquire information concerning the molecular structure and composition
in a native state. Raman microspectroscopy has the advantage that spectra can be
acquired on aqueous, thicker yet not opaque samples with a higher spatial resolu-
tion. But the impedance of sample autofluorescence, which may hinder the analysis
or constrain the quality of the spectra, limited applications on plant tissues, until the
development of the NIR-FT (near-infrared Fourier-transformed)-Raman technique
[23]. For mapping and imaging of whole plant organs (seeds, fruits, leaves) the
lateral resolution (10 wm) of the NIR-FT technique is adequate [24-26], whereas
for investigations on the lower hierarchical level of cells and cell walls the high
resolution gained with a visible laser-based system is needed.

10.3 Micro-Raman Spectroscopy of Plant Fibers

Raman applications on plants began with the investigation of cellulose [27-29].
During the last decade micro-Raman spectroscopy was successfully applied to
investigate non-destructively different types of natural cellulosic plant fibers, e.g.,
flax [19, 30-34], cotton [31, 35], jute, ramie, kapok, sisal, and coconut fibers [31].
Studies comprise general characterization of fibers [19, 31] as well as analysis
of the molecular changes during mechanical processing [36], tensile deformation
[37, 38], and chemical treatments [32]. Furthermore the preferential orientation of
the functional groups of plant polymers was derived from the response of the relative
intensities of characteristic bands with changing polarization of the incident excit-
ing radiation relative to the fiber axis [20, 29]. In plant fibers the intensity of most
of the Raman bands assigned to cellulose is strongly dependent on its preferential
orientation along the fiber in relation to the polarization direction of the incident
exciting radiation. By investigating polarization-dependent spectral changes on a
fiber with known parallel cellulose microfibril orientation, interpretation and cal-
ibration regarding cellulose orientation can be derived for unknown samples and
imaging results. Ramie (Boehmeria nivea) represents such a model system, as it
is composed of almost pure cellulose oriented parallel along the fiber axis. Spec-
tral changes in dependence of the angles of the incident laser polarization were
investigated. The most pronounced changes are found for the bands at 1097 and
2898 cm™! (Fig. 10.1). These are assigned to vs(C—O—C), mainly related to S(1—4)
glycosidic linkages of the cellulose skeletons, and v(CH) and vs(CH;) modes of the
glucopyranose rings and to the methylene groups of the glucopyranose side chain,
respectively [39, 40]. The effect of orientation has to be taken into account in the
data analysis, when spectra of native plant cell walls are acquired with polarized
laser irradiation; this is also true for Raman imaging experiments.
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Fig. 10.1 Baseline-corrected Raman spectra acquired from a ramie fiber with different polarization
directions of the incident laser: 0° (parallel to the fiber), 30°, 60°, and 90° (perpendicular to the
fiber)

10.4 Plant Cell Wall Imaging by Confocal Raman Microscopy

One of the first Raman imaging studies in plant research was carried out on flax
stem tissue [19]. Using the NIR-FT-Raman technique area maps were collected in
6—10 wm steps and chemical profiles calculated by integration over specific spec-
tral regions. By this method no information was gained at the cellular level, yet
the distribution of the major components (cellulose, lignin, non-cellulosic polysac-
charides) was demonstrated for different anatomical tissue types (epidermal tissue,
bast, fibers, and core) [19]. To investigate changes at the hierarchical level of indi-
vidual cells and/or cell wall layers, a higher spatial resolution is necessary and,
as a consequence, the application of visible laser excitation is preferential. In the
last years the potential of Raman imaging was demonstrated on wood cell walls
[41-43]. A 785 nm near-IR laser-based Raman system was applied to study beech
cell walls [43], but also confocal Raman microscopes with 633 nm [41] and 532 nm
[42] visible laser excitation wavelengths were used to investigate the wooden cell
walls with sub-micron spatial resolution.

10.4.1 Imaging Cellulose Orientation and Lignin Distribution
in Wooden Cell Walls

Wooden cell walls consist of 40-50% cellulose, associated with a mixture of
hemicelluloses (20-30%), lignin (20-35%), extractives (2-20%), and ash (0.2-3%)
[11, 12]. In order to interpret the Raman spectrum of such a multi-component mate-
rial, not only the contribution of each component needs to be identified, individual
Raman bands need to be assigned to component-specific moieties and/or functional
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groups. Most of black spruce (Picea mariana) Raman features could be assigned
to cellulose and lignin, however, contributions of hemicelluloses occurred at similar
wavenumbers to cellulose and could not be clearly distinguished [44].

As an example of imaging of wooden cell walls, the reaction wood of a
tropical wood species (Laetia procera) was chosen, because of a highly specialized,
non-uniform cell wall structure. Reaction wood in general is of interest as these
tissues are able to generate tensile stresses of up to 70 MPa, which are able to pull
leaning stems and branches upward [45, 46]. It is still much debated how the mech-
anism works, consequently this special plant cell wall composition and structure
have been of considerable research interest for decades [47—49].

After imaging a sample area of interest, Raman images can be calculated by inte-
grating over bands assigned to, e.g., lignin to visualize its distribution within the cell
wall [41, 42]. By integrating from 1545 to 1698 cm™! areas with high lignin con-
tent show high intensity (bright yellow, Fig. 10.2a). The compound middle lamella
and the cell corners, which glue the wood fibers together, are confirmed as highly
lignified areas. The secondary cell wall is intermediately lignified and an unusual
layered structure with changing lignin incrustation is visualized (Fig. 10.2a).
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—
10 pm

10 um

40 CCD cts 50 rel. 1/ecm

Fig. 10.2 Raman images (80 wm x 80 um) of a cross-section of tension wood of L. procera cal-
culated by integrating from 1545 to 1698 cm™! (a, lignin), from 2774 to 3026 cm™! (b, cellulose
amount and orientation parallel along the fiber), and from 1067 to 1106 cm~! to accentuate the
orientation-sensitive cellulose band at 1097 cm™~! (¢, cellulose oriented with a high angle in respect
to the fiber) and the band width at 50% height of the CH-stretching region (d, 2823-2917 cm~")



230 N. Gierlinger

Integrating over the v(CH) and vg(CH>) modes from 2774 to 3026 cm~! reflects
cellulose amount and/or orientation (Fig. 10.2b) and gives a contrary picture:
highest intensity in the secondary cell wall, low between the cells, and no clear
layering. By restricting the integration to the very orientation-sensitive band at
1097 cm ™!, two 1-wm thick layers are emphasized in the laser polarization orienta-
tion (Fig. 10.2c). Within this region of high intensity the cellulose is supposed to be
not oriented parallel along the fiber axis, but with a high angle in respect to the fiber
axis. The spectral explanation is that in the investigated cross-section if cellulose is
aligned parallel to the fiber axis the vs (C—O-C) is low, as excitation is perpendicular
to the backbone. When cellulose is aligned with a high angle in respect to the fiber
axis, the C—O-C linkage becomes more parallel aligned and therefore the signal is
enhanced in the laser polarization direction (Fig. 10.2c). Besides images based on
changes of integrated band intensities, also the change in band width can be used to
detect and follow molecular changes at the cell wall level (Fig. 10.2d). For the CH-
stretching region (2773-3044 cm™!), images reflect mainly changes in the cellulose
orientation (Fig. 10.2d). Only the 2898 cm ™! band of the overlapping CH-stretching
bands raises with changes in orientation and thus also the doublet widths changes
in dependence of the orientation (Fig. 10.1). In the cross-section the band width
is decreasing (signal intensity increasing), when the cellulose is aligned parallel
along the fiber. In this situation the side chain methylene groups are perpendicularly
arranged with respect to the cellulose molecule and in plane with the incident light.

When polarized laser light is used in combination with Raman imaging care has
to be taken to interpret every intensity change by concentration differences of the
cell wall polymers, as changes in the orientation of the molecules may also affect
intensity. This may complicate data interpretation, but on the other hand provides
insights into changes of orientation of the molecule within the sample [42, 50]. In
wood the angle of the cellulose microfibrils in respect to the cell axis is termed
microfibril angle (MFA) and of great importance as it was demonstrated to be
closely related to the mechanical properties [48, 49].

One major advantage of the imaging approach presented here is that verification
of the interpretation (orientation or concentration effect) of imaging results as well
as detailed insights can be gained by extracting average spectra of defined areas. So,
one has not to rely solely on imaging results, like, for example, in staining exper-
iments or fast imaging approaches based on the intensity of only one wavelength.
Another big advantage is that the image calculation can reveal changes in chemistry
and/or orientation at a high spatial resolution. These changes are often not even
visible in the light microscopic images and it would be impossible to place the
laser beam accurately on such small regions of interest to resolve these changes. By
extracting the spectra after image calculation the spectral information can be gained
accurately from very small, defined regions for detailed investigation.

Regions of interest for extracting average spectra can be selected by hand
or defined by intensity thresholds based on the calculated chemical images
(Fig. 10.2a—d). By selecting a threshold for the lignin intensity above 5000, for
example, solely the cell corners are selected (upper picture, Fig. 10.3a) and an aver-
age spectrum of the cell corner is calculated (upper black line, Fig. 10.3a).
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Fig. 10.3 Extracted average spectra of L. procera Raman images (Fig. 10.2) of (a) the cell corner
(integral intensity of the band at 1598 em~! > 5000, white area in the upper image and upper black
line) and two regions differing in orientation within the secondary cell wall (integral intensity of
1096 cm~! band > 100, middle image and gray line; integral intensity of 2900 cm™! band > 7000,
bottom image and black line) and (b) a zoom into regions of interest of the baseline-corrected
secondary cell wall spectra



232 N. Gierlinger

The cell corner spectrum reflects only lignin characteristic bands and suggests
that lignin is the main compound in these areas. Besides, it also shows that lignin
causes a high level of background fluorescence, which can disguise small con-
tributions to the Raman spectrum of other polymers present in small amounts,
e.g., pectin. In the spectra extracted from the secondary cell walls, the aromatic-
stretching vibration of lignin at 1598 cm™! is much smaller and fluorescence
reduced (spectra on the bottom, Fig. 10.3a). In these spectra characteristic cellulose
bands can be found, e.g., at 1096 and 1122 cm~ L. The two spectra were extracted
from zones identified by the imaging approach to differ in cellulose orientation.
A zoom in of the CH-stretching region and the fingerprint region bands confirms
the opposite trend of the band at 2900 and 1097 cm ™! and thus the interpretation as
changes of orientation (Fig. 10.3b).

Besides revealing molecular changes within the cell wall layers, the high spa-
tial resolution of confocal Raman microscopy enabled also the characterization of
accessory compounds within the lumen of single cells, e.g., lipid droplets in the
xylem of trees [51] or spherical storage compounds in wood parenchyma cells [42].

10.4.2 Silica and Cell Wall Composition in Horsetail (E. hyemale)

Minerals and inorganic substances in plants are normally determined as the residues
remaining after all the combustible material has been burned off (fully oxidized) and
subsumed as ash content. Regrettably, this method does not result in detailed infor-
mation on the kind of inorganic components. Confocal Raman microscopy studies
allow the identification, characterization, and spatial localization of inorganic sub-
stances in fossil [52-54] and living plants in situ [55-58]. Recent Raman imaging
studies were carried out on horsetail samples (E. hyemale) [59, 60]. Another com-
mon name of the plant is “scouring rush”, a reference to its early use for clean-
ing pots made possible by its high accumulation of silica up to 25% dry weight
[61]. Aspects of processes regarding silica deposition, its association with other
biomolecules, as well as the chemical composition of the outer strengthening tissue
still remain unclear, questions which were addressed by Raman imaging [59, 60].
Basis analysis (partial least square fit based on model spectra) was performed in this
study, besides the visualization of differences in chemical composition by calcu-
lating the integral intensity of selected bands [59]. Average spectra extracted from
defined regions of different chemical images seemed to represent almost pure cel-
lulose (hemicellulose), pectin, and amorphous silica features and were thus seen
as appropriate to be used as model spectra for these compounds. Concluding that
the Equisetum plant cell walls consist mainly of these compounds, every Raman
spectrum in the acquired Raman images is a linear superposition (S) of the spec-
tra of the single compounds. By having the model spectra (basis spectra, Bi) of
the single compounds, it is possible to estimate the weighting factor a; by the
least squares fit (S = ) axBk). The weighting factor ax is proportional to the
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quantity of the component k in the material and stored in an image. Color cod-
ing and combining the different weighting factor images lead to a complete sum-
marizing image of the distribution of the model compounds. The distribution of
cellulose, pectin, and silica is visualized within one image for every investigated
tissue region (Fig. 10.4a—d). Silica accumulation is color-coded blue and confirmed
in the knob region (Fig. 10.4a) as well as in a small layer below the cuticula
besides the knob region (Fig. 10.4d). In addition it becomes clear that in the epi-
dermal layer below the knob, silica is still detectable in combination with cellu-
lose/hemicellulose, whereas the pectin amount seems to be decreased (Fig. 10.4a,
pink color). This is in contrast to the epidermal layer besides the knob where pectin
plays the main role (Fig. 10.4d, green). In the epidermis only a small cellulose-rich
inner ring (red) is found, which becomes continuously thicker inward and the pectin
more and more restricted to the cell corners (Fig. 10.4d). Within the hypodermal

silica

cellulose pectin
(hemicellulose)

Raman Intensity (bc)

1400 1200 1000 800 800 400

wavenumber [cm-1]

Fig. 10.4 Combined color images (a—d) from E. hyemale derived from a basis analysis (partial
least square fit) with average spectra (e) extracted from defined regions representing mainly amor-
phous silica, pectin, and cellulose. Blue represents high weighting factor and consequently content
for silica, green for pectin, and red for cellulose (hemicellulose). The white color shows the cutic-
ular layer and deposits within some lumens of the cells not further investigated [59]
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sterome the two-layered structure with a pectinized outer ring and an inner ring with
highly oriented cellulose comes out (Fig. 10.4b). Further inward uniform pure cellu-
lose/hemicellulose fibers are found and the pectin is restricted to the CC and middle
lamella (Fig. 10.4c).

In the spectrum extracted from the knob region (Fig. 10.4e, blue spectrum) as
a main contribution a broad band below 500 cm™!, attributed to amorphous silica,
and a band at 976 cm™!, assigned to silanol groups, were found. From this, we
concluded that these protrusions were almost pure amorphous, hydrated silica. No
silanol group vibration was detected in the silicified epidermal layer below and an
association with cell wall polymers was indicated.

10.5 Outlook

The potential of confocal Raman microscopy/imaging for non-destructive in situ
investigation of plant cell walls has already been demonstrated on various plant
tissues. The high spatial resolution allows detection of changes in the cell wall
polymer composition and/or orientation on the cell and cell wall level. The Raman
imaging approach allows acquiring spectra with short integration time (0.2-25s),
which minimizes problems with sample degradation. The signal to noise ratio of the
spectra is sufficient to visualize chemical and orientational changes not visible in
the light optical micrographs. The extraction of average spectra with a better signal
to noise ratio from the identified areas of interest can support image interpretation
and reveal more details. Conclusions about all cell components can be derived non-
destructively at once and in context with structure. This major advantage and poten-
tial also comprises a drawback as highly overlapping bands are sometimes difficult
to interpret and conclusions on components with minor amount may be ambiguous.
Nevertheless, more experiments on other cell wall variants and selective chemical
treatment as well as the combination with other methods (e.g., antibody probes) will
improve our understanding of the generated Raman spectra in future.

10.6 Material and Methods

The Raman mapping experiments shown in this book chapter were done with a
confocal Raman microscope (CRM200, WITec, Ulm, Germany) described in detail
together with the sample preparation and data analysis in [42, 59].
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Chapter 11
Confocal Raman Imaging of Polymeric
Materials

Ute Schmidt, Jorg Miiller, and Joachim Koenen

Abstract Polymers play an essential role in modern materials science. Due to the
wide variety of mechanical and chemical properties of polymers, they are used in
almost every field of application and are still a dynamic area in the development
of new materials with demanding requirements. Raman spectroscopy is one of the
standard characterization techniques used to uniquely determine the chemical com-
position of a polymer. Modern materials, however, are generally heterogeneous, in
which various chemical components or polymorphs of the same chemical species
can be present in a very small sample volume. For the analysis of such heteroge-
neous materials, the combination of Raman spectroscopy with confocal microscopy
delivers information about the spatial distribution of the various chemical species
with a resolution down to 200 nm. The aim of this contribution is to demonstrate
the power of confocal Raman imaging for the characterization of heterogeneous
polymeric materials. The first section will deal with polymorphs of polypropylene
in polymer films, followed by the nondestructive analysis of polymer blends. A later
section will deal with multi-layer polymer coatings and paints and finally various
additives to polymer matrices will be discussed.

11.1 Introduction

The characterization of heterogeneous systems on the microscopic scale continues
to grow in importance and to impact key applications in the fields of materials sci-
ence, nanotechnology, and catalysis. The development of advanced polymeric mate-
rials for applications such as these requires detailed information about their physical
and chemical properties on the nanometer scale. However, some details about the
phase separation process in polymers are difficult to study with conventional char-
acterization techniques due to the inability of these methods to chemically differ-
entiate materials with sufficient spatial resolution and without damage, staining, or
preferential solvent washing. One technique that has been used successfully in the
characterization of heterogeneity in polymers is atomic force microscopy (AFM)
[1-4]. AFM can provide spatial information along and perpendicular to the surface
of a polymer film with a resolution on the order of 1 nm. The most commonly used
AFM imaging mode for polymers is the intermittent contact mode also known as AC
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mode or tapping mode [5]. In this AFM imaging mode the cantilever is oscillated at
its resonance frequency and the topography of the surface is scanned by keeping the
oscillation damping constant. A phase image can be recorded simultaneously with
the surface topography. In this image, the phase shift between the free oscillation of
the cantilever in air and the oscillation while the tip is in contact with the surface
is recorded [6]. Since the phase shift depends as much on the viscoelastic prop-
erties of the sample as on the adhesive potential between sample and tip, the phase
image outlines domains of varying material contrast without describing the nature of
the material properties [7—11]. Nevertheless, phase images are often used to char-
acterize polymers at high resolution [12, 13]. If a composite material consists of
compounds with similar mechanical properties, a clear assignment of the phases to
the corresponding materials by AFM is quite challenging. To discriminate between
materials with similar mechanical properties, additional spectroscopic information
is useful. On the macroscopic scale, Raman spectroscopy has become widely used
for the characterization of chemical and structural features of polymeric materials
[14]. The tremendous value of the Raman effect lies in the fact that the difference
in energy between the elastically scattered photons and the Raman-shifted photons
is caused by the excitation or annihilation of a specific molecular vibration. This
energy shift is characteristic for the type and coordination of the molecules involved
in the scattering process. Raman spectra provide qualitative and quantitative infor-
mation about various polymer features [15-17] such as

e chemical nature: structural units, type and degree of branching, end groups, addi-
tives

e conformational order: physical arrangement of the polymer chain

e state of order: crystalline, mesomorphous, and amorphous phases

e orientation: type and degree of polymer chain and side group alignment in
anisotropic materials.

However, in most spectroscopy setups the spatial resolution is very poor because the
excitation laser spot diameter is on the order of 100 pm. Optical microscopy, on the
other hand, is capable of providing spatial resolution down to 200 nm using visible
light excitation. In a confocal microscope, the light from the sample is detected
through a pinhole at the back focal plane of the microscope, giving rise to depth
resolution and a strongly reduced background signal [18]. By combining a high-
throughput confocal microscope with an extremely sensitive Raman spectroscopy
system, it is possible to obtain Raman spectra from extremely small sample volumes
down to 0.004 um? as will be shown later. To collect high-resolution Raman images,
the sample is scanned point by point and line by line through the excitation focus
[18]. Thus, the confocal Raman microscope (CRM) combines the chemical sensitiv-
ity of Raman spectroscopy and the high resolution of confocal microscopy, provid-
ing an ideal tool for the characterization of materials in the sub-micrometer range.
To achieve the highest resolution, the CRM can be extended with AFM capabilities
which enable the user to link the chemical information obtained by confocal Raman
spectroscopy with the ultra-high spatial and topographical information acquired by
AFM.
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The Raman experiments presented in this chapter were performed with a WlTec
alpha300RA (combined Raman-AFM) using green excitation (532 nm) and a 100,
NA=0.9, objective. The AFM measurements were done using the same instrument
in AFM-AC mode.

11.2 Raman Imaging of Isotactic Polypropylene (iPP)

Polypropylene (PP) is a thermoplastic polymer synthesized from the monomer
propylene with the chemical formulas shown in Fig. 11.1. Its dual functionality
as plastic and fiber leads to its varied fields of application. As a plastic it is used as
reusable containers, stationary plastic parts, laboratory equipment, automotive com-
ponents, banknotes, etc. As a fiber, polypropylene is used to make ropes, unwoven
textiles, packaging materials, etc. The large number of end use applications for PP
is due to the ability to tailor grades with specific molecular properties and additives
during its manufacturing processes.

The characterization of the morphology of polypropylene fibers in complex
structures remains a focus of ongoing research. The crystallinity and the extent of
orientation of molecular chains are two of the most important morphological charac-
teristics of the fiber structure that influence the final properties. Raman spectroscopy
is one of the many methods used to characterize the microstructure of a semicrys-
talline polymer. It provides the capability to probe the conformational states of
polymer chains in its micro-environment [19-21]. Differences in the Raman spec-
trum of chains in non-crystalline regions with conformational irregularities or non-
helical conformations can be expected [22-25]. A theoretical determination of the
vibrational Raman bands of helical polypropylene chains can be found in [26, 27],
whereas stress-induced deformations of polypropylene chains are reported in [28]
and [29]. The structure of a polymer is given by its particular structural arrangement
[30]. In isotactic polypropylene, a crystallizable polymer, the structural arrangement
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is given by the arrangement of crystalline and amorphous domains. The formation of
crystalline and amorphous domains is influenced by the crystallization conditions.
Crystallization from the unstressed melt results in a randomly nucleated spherulitic
structure, whereas crystallization which occurs in an extensional flow field (e.g.,
during the extrusion process) results in a row-nucleated structure. Depending on the
extrusion conditions, bundles of oriented fibers can be formed.

To determine a correlation between the orientation of lamellar rows of iso-
tactic polypropylene and Raman spectra, a uniaxially drawn isotactic polypropy-
lene film (OPP) with a thickness of 50 wm was investigated using polarized
Raman spectroscopy. High-resolution atomic force microscopy measurements on
such films show a highly oriented fibrillar structure, which is oriented in paral-
lel to the extrusion direction [31]. On this highly oriented isotactic polypropy-
lene film, polarization-dependent Raman spectra were recorded. Figure 11.2 shows
a schematic of the four different geometries in which Raman spectra were
recorded.

The polarized Raman spectra from the OPP film are presented in Figs. 11.3 and
11.4. The spectra result from one sample position. A half-wave plate was used to
rotate the polarization of the incident laser light either parallel or perpendicular to
the fiber, whereas the scattered light passed through an analyzer either parallel or
perpendicular to the polarization direction of the incident laser light. All recorded
Raman spectra were normalized to the bands at 1435 and 1457 cm™!, which are not
polarization dependent. These bands are assigned to methyl group deformations in
isotactic polypropylene and show an additional splitting only at very low tempera-
tures [19].

laser fibrillar structure  analyzer
polarization orientation
direction

77 S
//// s B

zss::::ate S e e
- //// / (d)

Fig. 11.2 Schematics of the scattering geometry defined in the above-shown coordinate system, the
incident laser propagates in z-direction. By using a half-wave plate the incident laser light can be
polarizes in x- or y-direction. The scattered light is analyzed either in parallel or in perpendicular
to the polarization direction of the incident laser light. The four possible combinations with respect
to the orientation of a 1D structure is presented: incident light polarization and analyzer oriented in
parallel with the 1D structure (a), incident light polarization and analyzer oriented perpendicular
to the 1D structure (b), and polarization direction of laser and analyzer arranged perpendicular to
each other in the two possible arrangements with the 1D structure (c, d)
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Fig. 11.3 Polarization-
dependent Raman spectra of
uniaxial isotactic
polypropylene: polarization
direction of laser, fiber, and
analyzer oriented in parallel
(a), and polarization direction
of laser and analyzer oriented
perpendicular to the iPP
fibers (b)
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The spectra shown in Fig. 11.3 are recorded in the configuration in which the
polarization direction of the incident and scattered laser light is in the same direc-
tion, whereas in Fig. 11.4 the spectra recorded in the crossed orientation of laser
polarization direction and analyzer are presented. The two later configurations show
only minor differences in Raman band intensities as reported before by [20] and
[32]. Fiber orientation and laser polarization-dependent changes can be clearly
observed in the spectra shown in Fig. 11.3. The Raman bands at 809, 841 and
1152, 1169 cm ™! are the most characteristic of a directional ordering of the polymer
chains in isotactic polypropylene. Based on normal mode calculations it has been
shown that these bands in solid state are associated with the helical chain structure
[33, 34].

Considering the above-described polarization dependency of Raman spec-
tra recorded from highly oriented isotactic polypropylene, Raman imaging of
polypropylene provides information about the structural arrangement of ordered
and disordered polymer chains. Figure 11.5 shows a Raman image of biaxially
oriented polypropylene (BOPP). A 2D array of 100 x 50 single Raman spectra was
recorded from a surface area of 50 x 30 wm? using a frequency doubled Nd:YAG

Fig. 11.4 Polarization- s
dependent Raman spectra of
uniaxial isotactic Y
polypropylene: polarization g 1
direction of laser and fiber °
oriented in parallel with
analyzer perpendicular (a)
and polarization direction of (b)
laser perpendicular and
analyzer oriented in parallel

to the fiber orientation (b) oo o ol e e 0o

-30

-60
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Fig. 11.5 Raman imaging of biaxially oriented polypropylene: Raman spectra (a), color-coded
Raman image (b), AFM topography image (c), and AFM phase image (d). The scale bar in (b) is
6 wm and in (¢) and (d) 2 um long

laser (excitation wavelength 532 nm) and a 100x objective (NA = 0.9). The inte-
gration time per single spectrum was 0.1 s. From the 5000 individual spectra, two
unique Raman spectra were calculated (Fig. 11.5a). The green spectrum is char-
acteristic for polypropylene fibers oriented parallel to the laser polarization direc-
tion, (see Fig. 11.3a), whereas the red spectrum is characteristic for polypropylene
fibers oriented perpendicular to the laser polarization direction. The color-coded
Raman image (Fig. 11.5b) reveals the oriented fiber bundle. To prove the orien-
tation of such fiber bundles, AFM (atomic force microscopy) measurements were
performed on the sample area marked with a frame in Fig. 11.5(b). Figure 11.5(c)
shows the topography of the BOPP film, whereas the simultaneously recorded
phase image reveals the fiber bundle and the fine fibrillar structure of the BOPP
film.

The simultaneously recorded phase image reveals much more details of the fine
structure of the BOPP film compared to the Raman image. The oriented bundle
seems much wider and oriented in a different direction in the Raman image due to
the diffraction-limited resolution in all three volume directions. The phase image on
the other hand is imaging only the surface topography.

Polypropylene films are commonly used as solid dielectrics in high voltage
capacitors. Such films are produced by biaxially stretching unstretched molded
polypropylene. The surface of such films has an efficiently roughened, fine uneven
structure containing crater-like patterns or an isotropic and an anisotropic net-
work structure, which is aligned in the extrusion direction. To obtain more detailed
information about the fine structure of such foils, polarized Raman imaging can be
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Fig. 11.6 Video image of a
polypropylene film used as
solid dielectric in capacitors.
The red frame marks the area
imaged with Raman imaging

employed. By using a polarization rotation (half-wave plate) a surface area can be
analyzed using different laser polarization directions, thus determining the different
preferential orientation of the spherulitic grains. Figure 11.6 shows the video image
recorded on such a foil. The red square marks the area which was scanned for Raman
imaging. The spectrometer was equipped with an 1800 grooves/mm grating. Over
an area of 15 x 15 wm?, an array of 100 x 100 Raman spectra was recorded with an
integration time of 0.1 s/spectrum.

The same area was first scanned with the laser polarization and analyzer both
oriented horizontally to the x-axis of the image. In a second scan, the same area was
scanned with the laser polarization and analyzer oriented both perpendicular to the
x-axis of the image. The polarization-dependent Raman spectra of uniaxial isotactic
polypropylene (Fig. 11.3) were used as basis spectra for the basis analysis of the
recorded 2D spectral arrays [35]. Figure 11.7(a) shows the distribution of spherulitic
structures which are oriented parallel (green) and perpendicular (red) to the laser
polarization direction. By rotating the laser polarization direction and analyzer by
90° the image shown in Fig. 11.7(b) was recorded. In this case, spherulitic structures
oriented parallel to the laser polarization direction are shown in yellow, whereas blue

Fig. 11.7 Color-coded polarization-dependent Raman images of a polypropylene film used as solid
dielectric in capacitors: Raman image of polypropylene oriented in parallel and perpendicular to
the horizontal (a) and vertical (b) laser polarization direction and combined color-coded Raman
image of all polarization directions
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was used for perpendicularly oriented spherulitic structures. Figure 11.7(c) shows
a color-coded image of the various grain orientations detected by using polarized
confocal Raman imaging.

The predominant colors in Fig. 11.7(c) are red and green indicating that one
measurement with polarized light is enough to characterize the orientation in such
polymer films.

11.3 Raman Imaging of Polymer Blends

Polymer blends are designed to address the needs of different industries and in
many cases the relationship between structure, morphology, and material proper-
ties is crucial for the optimization of material design. Since the beginning of the
plastics industry it has been recognized that blending yields materials with property
profiles superior to the features of the individual components. A polymer blend is a
macroscopically homogeneous mixture of two or more different species of polymer
which combine the useful properties of all of the constituents. The technology of
blending is now advancing at a rapid pace. There has been progress in the under-
standing of the behavior of polymer blends, especially the thermodynamics and
rheology [36, 37]. New blends are constantly being developed and characterized.
The main parameters which influence the properties of a blend are the interface
and the morphology. The morphology of a polymer blend indicates the size, shape,
and spatial distribution of the component phases with respect to each other. The
properties, such as mechanical, optical, rheological, dielectrical, and barrier prop-
erties, of polymer blends are strongly influenced by the type and granularity of
the phase structure. A large variety of analytical methods are used to characterize
the morphology of polymer blends. Raman imaging contributes to the analysis of
multicomponent polymer systems by visualizing the distribution of individual com-
ponents based on differences in the unique Raman spectra for different polymeric
materials. Domains of different components in polymer blends are typically of a
larger size. In many cases, they are formed during phase separation. Raman imag-
ing provides real-space observation of different coarsening processes and allows
direct quantification of phase volume fractions and the computation of domain inter-
face curvatures of various morphologies. A direct assignment of image features
to various polymer phases becomes available with a resolution down to 200 nm.
Micro-phase separation patterns with spherical, cylindrical, lamellar, or micellar
morphology, which are characterized by structural factors in the tens of nanometers
range, can be analyzed by transforming the confocal Raman microscope into an
AFM [35, 38].

In the following sections three different blends composed of immiscible poly-
mers, which are at room temperature in either the rubbery or the glassy state, were
investigated. For these studies, thin films of the polymer blends with a thickness of
less than 100 nm were prepared by spin-coating solutions containing the polymers
onto clean glass cover slides at 2000 rpm.
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11.3.1 Raman Imaging of Thin Films of the Polymer Blend:
Polystyrene (PS)- Ethyl-Hexyl-Acrylate (EHA)

In this section a polymer blend which consists at room temperature of the glassy-
state polymer PS and the rubbery-state polymer EHA is described.

Figure 11.8(a) shows the Raman spectra of the pure blend components.
Both PS (blue) and EHA (green) show characteristic band structures around
2800-3000cm ™!, which are associated with C—H stretching and the peak at
1454 cm™! which is characteristic for C-H bending. EHA shows a Raman peak
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Fig. 11.8 Single Raman spectra of pure PS (blue spectrum) and EHA (green spectrum) (a), Raman
image of EHA distribution (b), and Raman image of PS distribution (c)
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at 1735cm~! which is characteristic for C=0 stretching, whereas PS shows the
additional Raman bands associated with the benzene ring modes [39, 40]. These
two spectra can be used for the basis analysis of 2D spectral arrays acquired from
the polymer blend.

The variations in the Raman spectra of these two polymers make it possible to
distinguish the various polymers from each other when they are blended. The blend
of PS-EHA was scanned in Raman spectral imaging mode. Complete Raman spectra
were recorded at every image pixel (200 x 200 spectra) with an integration time of
0.08 s/spectrum. To assign the different polymers in the film, the complete spectra
of the two polymers were employed by using basis spectra analysis (see Chap. 4).
The distribution of the EHA is shown in Fig. 11.8(b), whereas the distribution of PS
is represented in Fig. 11.8(c). These two complementary Raman images show that
PS forms islands surrounded by the EHA matrix. Both polymer phases wet the glass
substrate.

High-resolution AFM images recorded on this film are shown in Fig. 11.9. The
topography image (Fig. 11.9a) reveals that the PS islands are 40 nm higher than the
surrounding EHA phase. The diameter of the PS islands range from 100 to 1500 nm.
The simultaneously recorded phase image (Fig. 11.9b) shows a high phase contrast
between the two materials. Brighter areas can be assigned to the harder (glassy)
polystyrene, whereas the soft (rubbery) EHA appears darker. Within the EHA phase
a netlike fine structure becomes visible in the phase image.

To determine the overall thickness of the thin film of the polymer blend, the film
was scratched with a razor blade and imaged with AFM. Figure 11.10(a) shows
the topography of the scratch and the corresponding height histogram of the image
(Fig. 11.10b).

The measured height of the EHA phase of only 30 nm together with the focus
spot size of 340 nm shows that a sample volume of less than 0.004 wm? is enough to

60 nm g

(b)

Fig. 11.9 High-resolution AFM AC mode image of the polymer blend PS-EHA: topography image
(a) and simultaneously recorded phase image (b)
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Fig. 11.10 AFM AC mode topography image of the scratched film of PS-EHA (a) and histogram
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identify the chemical species with the confocal Raman microscope using integration
times of less than 100 ms/spectrum.

11.3.2 Raman Imaging of Thin Films of the Polymer
Blend Ethyl-Hexyl-Acrylate (EHA)-Styrene-Butadiene
Rubber (SBR)

In this section a polymer blend consisting of two polymers, which are in the rubber
phase at room temperature, is described. A 2D spectral array of 100 x 50 spectra
was acquired from a sample area of 10 x 5 wm?”. From the 5000 recorded spectra,
two distinct Raman spectra were calculated by using cluster analysis (see Chap. 4 in
this book for a more detailed explanation). These spectra are represented in red
and green in Fig. 11.11(a). The green spectrum shows the characteristic Raman
bands of EHA (compare with green spectrum, Fig. 11.8a), whereas the red spectrum
shows additional Raman bands at 1000 and 3060 cm™! and in the spectral range of
1635-1650 cm™!. The latter Raman bands are associated with C—=C stretching and
are characteristic for SBR [35]. The differential spectrum between the red and the
green spectra is shown in blue in Fig. 11.11(a) and represents the unique Raman
spectrum of SBR [35]. Figure 11.11(b) shows the Raman image of the distribution
of the two detected species within the scanned surface area. The distribution of the
pure EHA phase is represented in green and the red color denotes the presence of a
mixed phase consisting of EHA and SBR.

To gain insight into the fine structure of the mixed phase consisting of EHA
and SBR, high-resolution structural information is required. This can be obtained
from high-resolution AFM images. In a previous study it could be shown that
phase images recorded on thin films of pure SBR spin coated on glass substrates
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Fig. 11.11 Raman spectra of EHA (green spectrum), a mixed Raman spectrum of EHA+SBR (red
spectrum), and the differential spectrum between red and green spectrum revealing the pure SBR
Raman spectrum in blue (a), color-coded Raman image of the distribution of pure EHA and of the
mixed phase EHA+SBR (b), and high-resolution AFM phase images of the polymer blend (c)

reveal a statistical distribution of the hard styrene blocks in the rubbery butadiene
matrix [35]. The fine structure of pure EHA wetting the glass substrate is shown in
Fig. 11.9(b).

AFM images recorded in AC mode on the polymer blend consisting of EHA
and SBR reveal a two-level topography. The simultaneously recorded phase image
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is shown in Fig. 11.11(c). The netlike structure, characteristic for EHA wetting
the glass substrate, could be resolved in the topographic lower regions of the
surface. This finding is in good agreement with the elliptic domains consisting
of pure EHA found in the Raman image. The topographically elevated structure
consisting of a large network appears featureless if a large area is scanned. The
high-resolution AFM image obtained from a smaller scan area (see insert of
Fig. 11.11c) reveals a grain-like fine structure in the topographically elevated struc-
ture, which is characteristic for SBR. The Raman image showed, however, that
in these surface areas the two polymers SBR and EHA coexist, thus the SBR
phase is formed on top of the EHA layer. By combining confocal Raman imag-
ing with high-resolution AFM imaging, it could be shown that in this polymer
blend only EHA is wetting the glass substrate. For this polymer blend only the
combination of Raman and AFM imaging reveals the wetting and separation
behavior of the two rubbery polymers without selective dissolution of one of the
polymer phases.

11.3.3 Raman Imaging of Thin Films of the Polymer Blend
PS-EHA-SBR

In this section a thin film of a three-component polymer blend is described, which
at room temperature consists of the two rubbery-state polymers EHA and SBR and
the glassy-state polymer PS.

A 2D spectral array of 128 x 128 spectra was acquired from a sample area of
20 x 20 jum? of this polymer film. The spectral array was analyzed using basis anal-
ysis. The Raman spectra shown in Fig. 11.12(a) were used as basis spectra. In the
basis analysis technique, each measured Raman spectrum is fitted by a linear combi-
nation of a certain number of basis spectra (see also Chap. 4). A color-coded Raman
image of the distribution of the three polymer phases is shown in Fig. 11.12(b). In
this image, blue represents the distribution of PS while the green areas consist of
pure EHA. Yellow denotes a mixed phase of EHA and SBR. This image confirms
the previously observed phase separation processes: PS, the polymer in the glassy
state at room temperature, and EHA, form an interface with the glass substrate,
whereas the SBR is formed on top of the EHA phase.

High-resolution AFM images recorded from this blend show that PS is forming a
topographically elevated rope-like structure, surrounded by SBR and EHA. A high-
resolution AFM phase image (Fig. 11.12c) reveals the fine structures of the three
blended polymers. The bright areas of this image can be associated with the hard
PS-phase, whereas the dark red reveals the fine structure of EHA, the most adhesive
component of the blend. The grain-like fine structure is found again in the SBR layer
formed on top of the EHA phase.

A final evaluation of the structural arrangement of the various components of
this blend is a confocal Raman depth scan. Figure 11.13 shows a color-coded con-
focal Raman depth scan performed on this three-component polymer blend. For this
Raman image a 2D spectral array consisting of 100 x 50 complete Raman spectra
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Fig. 11.12 Single Raman spectra of pure PS, EHA, and SBR used as basis spectra for the basis
analysis of the 2D spectral array acquired from this sample (a), color-coded Raman image of
the three-component polymer blend (b), and high-resolution AFM phase image of this polymer
blend (c¢)
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Fig. 11.13 Confocal Raman depth profile of the three-component polymer blend consisting of PS
(blue), EHA (green), and SBR (red)
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was recorded in a plane perpendicular to the surface, similar to a virtual section of
the sample. The unique Raman spectra of the blend component (Fig. 11.12a) were
used as basis spectra for the basis analysis software tool. Blue and green correspond-
ing to PS and EHA, respectively, from this image form an interface with the glass
substrate, whereas the red SBR phase is formed on top of the green EHA phase.

11.4 Polymer Coatings

Surfaces are coated to give them protection against a hostile environment, to
enhance their appearance, or to impart specific properties to the surface. The desired
effects can be achieved with coatings ranging from several micrometers to less than
one micrometer in thickness. For some surfaces several layers are required to fulfill
a specific task, in other cases a specific distribution of materials is needed. Establish-
ing the chemical and morphological composition of a surface is therefore a vital step
toward understanding its behavior. In the following, several examples of coatings
will be presented.

11.4.1 Acrylic Paints

Alkyd and acrylics are used as binders in paints and coatings. These materials pro-
duce a shiny, hard finish that is highly water resistant. Of interest in studying this
system are changes in the Raman spectra during the drying process of the paints and
the distribution of the two phases within the paint. Figure 11.14 shows Raman spec-
tra recorded from the alkyd phase before drying (a) and in the dry state of the paint
(b). The decrease of the Raman bands at 1265 and 3012 cm™! (cis-C—=C-H asym-
metric stretching bands) and the cis-C—=C stretch peak at 1656 cm™" are related to
chemical changes during oxidation [41].
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Fig. 11.15 Raman spectra of the alkyd and latex phase in the dry state of the paint (a), color-coded
Raman spectral image of the paint surface (b), and AFM AC Mode phase image of the same sample
area revealing the spherical latex particles (c)

Figure 11.15(a) shows the Raman spectra of alkyd and acrylic latex in their dry
state. The small differences in the Raman spectra make it possible to distinguish
the two phases in the emulsion. A Raman spectral image consisting of 200 x 200
spectra was recorded from a sample area of 10 x 10 pm?.

The spectra from Fig. 11.15(a) were used as basis spectra for the basis spectra
analysis of the recorded 2D spectral array. The resulting color-coded Raman image
is presented in Fig. 11.15(b). This image indicates that large elliptic domains con-
sisting of alkyd are surrounded by the acrylic latex phase. Fig. 11.15(c) shows the
phase image of the dried paint, indicating the stiffer nature of the acrylic latex phase.
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It also reveals the individual latex spheres, which are smaller than the diffraction
limit (using an air objective) and are thus not resolved in the confocal Raman image.
The diameter of the latex spheres range from 20 to 250 nm.

11.4.2 Adhesives

The use of multi-layered materials for adhesives is now a common practice. Confo-
cal Raman depth scans provide insight into the layered structure of such polymers
without any specific sample preparation.

As an example, Fig. 11.16 shows a confocal Raman depth scan performed on an
adhesive paper. In this case two polymer layers were applied to the paper surface
in order to fulfill the required tasks. The two polymers are immiscible and form a
sharp interface (red and green) with the paper beneath (blue and yellow).
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Fig. 11.16 Color-coded confocal Raman depth profile of adhesive polymeric layers on a paper
substrate

11.5 Additives in Polymer Matrices

Nanomaterials are increasingly being used as additives to polymers to simultane-
ously enhance a variety of properties without sacrificing any qualities of the base
polymer.
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Additives of inorganic materials in solid form to polymer matrices have a great
significance in plastics industry. They are used for a wide variety of purposes, e.g.,
anti-oxidants, stabilizers, fillers, and pigments. Anti-oxidants and stabilizers are
added in small quantities to prevent degradation of the polymer when it is exposed
to air, light, and heat. Fillers may be used simply either to produce a cheaper product
or to improve the mechanical or electrical properties of the polymeric material. Con-
focal Raman microscopy allows the allocation of such fillers in the polymer matrix,
leading to a better understanding of the properties of the materials. In the following,
two examples of fillers are presented.

Fine metal powders and carbon black are commonly added to polymer matri-
ces to improve the electrical, mechanical, or thermal properties of the polymers.
Figure 11.17 shows a confocal Raman microscopy study of polypropylene with
TiO, and carbon inclusions. An area of 30 x 30 wm? of the sample was scanned
and a 2D array of 100 x 100 Raman spectra was acquired with an integration time
of 100 ms spectrum. From this measurement four different spectra were evaluated
using cluster analysis. These spectra are presented in Fig. 11.17(a). In addition to
the orientation-dependent Raman spectra of polypropylene (blue and yellow spectra,
Fig. 11.17a) the spectrum of 7i O, (red) and the spectrum of amorphous carbon in
an inorganic matrix (green) were extracted by the cluster analysis algorithm.

These spectra were used to evaluate the distribution of each component on
the studied sample area using the basis analysis. The weighting factor resulting
from the basis analysis denotes the presence of the species in a defined sample
volume. Figure 11.17(b) shows the distribution of 7i O, on the sample, whereas
Fig. 11.17(c) shows the distribution of amorphous carbon. In Fig. 11.17(d) the color-
coded Raman image of the distribution of polypropylene is presented. By overlaying
the images described above and assigning each component the color of the corre-
sponding Raman spectrum, the complete color-coded Raman image can be gener-
ated as shown in Fig. 11.17(d). From this image it can be clearly seen that the 7'i O;
particles adhere to the different oriented polypropylene grains, whereas amorphous
carbon forms large clusters with a diameter of up to 6 pm.

Carbon nanotubes (CNTs) have physical properties that exceed those of com-
monly used materials. With a tensile strength eight times that of stainless steel and
a thermal conductivity five times that of copper, CNTs are an obvious choice for
creating a new class of composite materials. Their inclusion in a polymer or ceramic
matrix holds the potential to enhance the host material’s electrical, mechanical, or
thermal properties by orders of magnitude, well above the performance possible
with traditional fillers such as carbon black or ultra-fine metal powders.

Figure 11.18 shows the distribution of single-walled carbon nanotubes (SWC-
NTs) in a polymer matrix. For this experiment a diode laser with a wavelength of
785 nm was employed for Raman imaging. An area of 20 x 20 pwm? was scanned
and a 2D array of 100 x 100 Raman spectra was acquired with an integration time
of 200 ms spectrum. Figure 11.18(a) shows the three Raman spectra evaluated with
cluster analysis. The Raman spectra of the polymer (red) and two different types
of SWCNTs (blue and green) were detected. In this example, only SWCNTs show
a Raman band in the spectral range 120-350 cm~!. This Raman band arises from
the coherent vibration of the carbon atoms in the radial direction, as if the tube
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Fig. 11.17 Confocal Raman imaging of additives in a polypropylene matrix: characteristic Raman
spectra evaluated from the 2D array of 10,000 spectra using cluster analysis: orientation-dependent
PP Raman spectra (blue and yellow), Raman spectrum of amorphous carbon in organic matrix
(green), and Raman spectrum of 7i O; (red) (a), distribution of 77 O, particles (b), distribution
of amorphous carbon (c), distribution of PP (d), and color-coded Raman image of the analyzed
surface area (e)
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were breathing, and are known as radial breathing modes (RBM). These RBM
frequencies (wrpMm) are very useful to identify whether a given carbon material
contains SWCNTs and for characterizing the nanotube diameter distribution (d;)
in the sample through use of the relation wrpm = A/d; + B, where the A and B
parameters are determined experimentally [42, 43]. For typical SWCNT bundles,
as expected in this polymer matrix, A = 234nmcm~! and B = 10cm™! may
be used. The two different wrpym found in this sample are at 258 and 267 cm™ !,
corresponding to tube diameters of 0.96 and 0.91 nm, respectively. The distribution
of these two types of SWCNTs is shown in Fig. 11.18(b). The SWCNTSs with a
diameter of 0.94nm (green) appear as 2—4 pm long rods, whereas the SWCNTs
with a diameter of 0.91 nm appear much shorter (0.5-1 pm).

i
(@)
i
54 -
M‘an\
L
4
o
Q
«
LA
o 4
o --l':‘ LWMMMW“ 3 e
20¢ 400 200 B00 100 1200 1420 900
rel 1iem

(b)

Fig. 11.18 Confocal Raman imaging of the distribution of carbon nanotubes in a polymer matrix:
characteristic Raman spectra evaluated from the 2D array of 10,000 spectra using the cluster analy-
sis tool of the WITec Project Plus software, polymer matrix (red), carbon nanotubes with different
diameter (blue, green) (a) and color-coded Raman image of the analyzed surface area (b)



11 Confocal Raman Imaging of Polymeric Materials 257
11.6 Summary

Confocal Raman microscopy is a powerful tool for the characterization of polymeric
materials. It could be shown that Raman spectroscopy allows the identification of
chemically distinct materials. In combination with a confocal microscope, the dis-
tribution of various polymer phases within a polymer matrix can be determined. As
shown in Sect. 11.2, confocal Raman microscopy is sensitive to the orientation of
long-chain polymeric materials, enabling the determination of orientation of fibers
when the polarization direction of the excitation laser is known. Polymorphs of a
polymer can be detected and their distribution on the sample visualized. In Sect. 11.3
the combination of confocal Raman microscopy and atomic force microscopy has
been demonstrated in the studies of thin films of polymer blends. All studied blends
showed a clear phase separation and although the analyzed films were very thin
(<100 nm), the sensitivity of the confocal Raman microscope was still high enough
to identify the chemical composition of the films with short integration times of
30-100 ms/spectrum.

Structural changes observed with AFM while imaging the polymer films can be
linked with the chemical composition from Raman imaging, thus leading to the
correlation between chemical composition data and the constructional morphology
of the films. Furthermore, due to its confocal setup, the confocal Raman microscope
can be used to determine the layered structure of polymer coatings without laborious
sample preparation as shown in Sect. 11.4. Additionally, the detection of inorganic
materials in a polymer matrix was demonstrated in Sect. 11.5.

Confocal Raman microscopy (especially in combination with AFM) allows the
nondestructive characterization of heterogeneous materials. In combination with
a suitable software package, chemical identification of sample volumes of only
0.004 jum? becomes available at integration times of less than 100 ms spectrum.
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Chapter 12
Stress Analysis by Means of Raman Microscopy

Thomas Wermelinger and Ralph Spolenak

Abstract Raman microscopy provides the unique possibility to measure stresses
in a fast and uncomplicated way in the sub-micrometer range. The maximal
lateral resolution is determined by the laser wavelength. In a Raman spectrum of
a deformed or strained material, peak positions are shifted relative to the peak posi-
tions of stress-free material. Quantifying these shifts allows the determination of
sign and magnitude of internal stresses. Depending on the Raman tensor and there-
fore on the material’s crystal structure, several components of the stress tensor can
be measured. Hence, it is not always possible to analyze complicated stress states
just by means of Raman microscopy without making adequate assumptions. For
transparent Raman-active materials, 3D stress fields can be measured. This chapter
will outline the principles of Raman stress measurements and present case studies
on ceramics, semiconductors, and polymers.

12.1 Introduction

Over the past 20 years Raman microscopy has become a powerful tool for measuring
mechanical stresses in the sub-micrometer range. Especially in the semiconductor
industry the knowledge of mechanical stresses is a prerequisite for the production of
reliable devices. Raman spectroscopy is currently the only laboratory method able
to locally measure mechanical stresses on the micrometer length scale. Alternative
methods, which either are based on large-scale facilities or are still in the develop-
ment stages, include X-ray microdiffraction [1], convergent beam electron diffrac-
tion with a transmission electron microscope (TEM) [2], electron-induced Kossel
diffraction with a scanning electron microscope (SEM) [3], or electron backscatter
diffraction (EBSD) with an SEM [4]. All of these methods have two aspects in com-
mon: they all measure elastic strain in a crystalline material and require the knowl-
edge of its elastic properties to convert strain into stress. All diffraction methods,
independent of whether photons or electrons are the probe utilized, directly provide
a measure of the lattice parameter of crystalline materials. Raman spectroscopy,
on the other hand, is a spectroscopy technique which yields the energies of the
phonon spectrum. In contrast to diffraction techniques which solely require crystal
periodicity, Raman spectroscopy requires a material to be polarizable, which limits

259



260 T. Wermelinger and R. Spolenak

the material’s choice to ceramics, polymers, and semiconductors. Raman studies
on metals [5] rely on the mechanical coupling of a Raman-active material to the
metal and subsequent mechanical modeling. While Raman spectroscopy has tra-
ditionally been employed for studies of stress in microelectronic materials [6—10],
strain measurements by Raman microscopy and the conversion to mechanical stress
are currently being extended to other material’s classes and applications. The fol-
lowing chapter thus focuses on the principles of strain measurements by Raman
microscopy, its application to Si-based materials, and novel extensions.

12.1.1 Theoretical Background

Originally, Raman spectroscopy was used for analyzing and characterizing different
compositions or phases, but the spectrum itself contains much more information.
The Raman effect refers to the inelastic scattering of light due to its interaction
with phonons or molecular vibrations. Strain due to mechanical stress affects the
frequencies of the Raman-active phonons or molecular vibrations which lead to a
shift of the Raman peak positions relative to the stress-free peak position [11]. As a
simple metaphor one can compare the process to the tuning of a guitar string. The
tuning changes the strain and the mechanical stress in the guitar string which leads
to a change of the frequency of the vibration and therefore would also lead to a
shift of the positions of the Raman peaks. In the following section we will explain
the underlying theory of measuring the strain and show how to convert the results
into stress. Different methods to measure mechanical stresses in materials with a
cubic crystal structure such as silicon will be presented. The stress resolution of the
method depends on the stress sensitivity of the Raman peak and the signal-to-noise
ratio of the measured signal.

Only certain types of lattice vibrations give rise to Raman scattering. The Raman
tensors show which phonons are Raman active and what kind of orientation these
phonons have. The Raman tensor can be determined from the crystal structure of the
material. According to Louden [12], silicon has three Raman tensors. In the crystal
coordinate system x = [100], y = [010], and z = [001] they are

000 00d 0d0
Ar=]00d]|, Ay=]000|, A;=|d00 (12.1)
0d0 doo 000

where d is the component different from zero. These components define the inten-
sity of a certain peak. In the case of silicon d is equal in all three tensors.

The total scattering intensity of the phonon modes (/) for a given geometry can
be determined from the Raman tensors, A ;, and the polarization vector of the inci-
dent (e;) and scattered (es) light and is given by

I1=CY e Aj-ef (12.2)
j
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where C is a constant. Measuring in a back-scattering mode from a (001) surface the
incident as well as the scattered light beam is normal to the surface. In this case A
and A; correspond to scattering from the transverse optical phonons (TO), polarized
along the x- or the y-axis, respectively. Az correlates to scattering from the lon-
gitudinal optical phonons (LO), polarized along the z-axis. Whether the phonon is
longitudinal or transversal depends on the surface from which scattering is observed.
Measuring in a back-scattering mode from a (100) surface, A corresponds to the
LO phonon [6]. The phonons are triply degenerated which means that they have all
the same wave number of approximately 520cm™".

It follows from (12.2) that different modes can be measured depending on the ori-
entation of the surface and the polarization direction of the light. Table 12.1 shows
which of the modes can be obtained for a back-scattering experiment from a (001)
surface, a (110) surface, or a (112) surface.

In a back-scattering configuration for a (001) surface only the longitudinal optical
phonon mode is allowed regardless of the polarizations of the incident and the scat-
tered light. In contrast to this, the back-scattering configuration of a (110) as well as
a (112) surface allows the excitation of all three Raman modes [8]. In these latter two
cases the longitudinal and the transversal phonons can be measured independently
from each other. Measuring from a (111) surface, all phonon modes are excited
regardless of the polarization of the incident and the scattered light [13].

Table 12.1 Polarization selection rules for back scattering from a (001), a (110), ora (1 12) surface

Polarization Visible
e es Ay AV Az
Back scattering from (001)

(100) (100) - -

(100) (010) - - X
(110) (110) - - X
(110) (110) - - -
Back scattering from (110)

(110) (001) X X -

(110) (110) - - X
(001) (001) - - -
Back scattering from (1 12)

(110) (111) X X -
(110) (110) - - X
(111) (111) X X X

12.1.2 Measuring in Conventional Back-Scattering Configuration

Strain caused by mechanical stress can influence the frequencies of the Raman mode
[8, 11, 14, 15]. In the absence of strain, the triply degenerated phonons lead to a peak
at wgp = 520cm™!. Strain changes the phonon vibrations and therefore can lift the



262 T. Wermelinger and R. Spolenak

degeneracy of the Raman frequencies due to a symmetry reduction of the Raman
tensors [8, 16]. This symmetry reduction causes splitting and shifting of the Raman
peak. Ganesan et al. [11] showed that if strain is applied to a sample, the frequencies
of the three optical phonon modes can be calculated by finding the eigenvalues, A ;,
Jj = 1,2, 3, in the following equation:

peil +q(exn +e33) — Ay 2repn 2rens
2res) pexn +q(e1 +€33) — Ao 2rens =0 (12.3)
2resn 2rezn pe3z +q(ern +622) — A3
where p = —1.85 a)% ,qg =—2.31 a)g, and r = —0.71 w(z) are the phonon deforma-

tion potentials (PDPs), which are material constants. ¢;; are the components of the
strain tensor. The frequency of each mode in the presence of strain w; (j = 1,2, 3)
of the strained crystal is related to the unstrained frequency, wp by the following
relationship:

W = ] — A (12.4)

or, for the approximation of small strains [8]

Aj
Awj =wj —wo = % (12.5)

The polarization direction of each mode is given by the eigenvectors of (12.3).
The relation between the strain tensor ¢ in (12.3) and the stress tensor o is given
by Hooke’s law:

e11 s11812812 0 0 0O o11
&2 si2s11s12 0 0 0 022
e33 | _ | s12s12511 0 0 O 033
2823 - 0 0 O S44 0 0 023 (12'6)
2¢13 000 035440 |03
2e12 0 0 0 0O 0 544 o012

where 511 = 7.68 x 1072 Pa™!, 515 = —2.14 x 10712 Pa™!, and s44 = 12.7 x
10712 Pa~! are components of the elastic compliance tensor. This equation allows
the calculation of the developing stresses from the measured strain. In the case of
uniaxial stress along the [100] direction, (12.6) leads to the following nonzero com-
ponents of the strain tensor: €11 = $11011, €22 = $12011, and €33 = s12071. Solving
(12.3) and (12.5) leads to the following results:

Aw| = 2’\710 = ZITO(pSH + 2gs12)0
Awy = 32 = 7-[psia +q(s11 +s12)lo (12.7)

Aws = 555 = ﬁ[ﬁslz +q(s11 + s12)lo
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For small strains one can assume that the Raman tensors do not change. According
to Table 12.1 only the third Raman mode can be seen, when measuring in a back-
scattering mode from a (001) surface. Therefore, only Aw3 has a nonzero value.
Similar to the uniaxial case, calculations can be performed assuming biaxial stress
(oxx + 0yy). Then an increase of the Raman frequency corresponds to compressive
stress while a decrease of the Raman frequency indicates tensile stress.

The majority of substrates for silicon-based microelectronic devices have a (001)
surface. As a consequence, the only measurable phonon is the longitudinal optical
phonon and information is obtainable only from one parameter, namely for the out-
of-plane component. As the stress tensor has six degrees of freedom, it is always
necessary to make assumptions about the stress state. To show the importance of a
realistic assumption for the stress tensor, three different stress states (hydrostatic,
uniaxial along the x-axis, uniaxial along the z-axis) and their influence on the
Raman signal are given [17]. In all three cases one supposes a Raman shift of
1 cm™!. In the hydrostatic case, the corresponding values are

1/30 0
o=-540| 0 1/3 0 |MPa (12.8)
0 0 1/3

while if one assumes a uniaxial stress along the x-axis, the value changes to

100
oc=—-4501 000 | MPa (12.9)
000

and for uniaxial stress along the z-axis one gets

000
o=-900|000 | MPa (12.10)
001

The large differences among the values have an important consequence. Either the
performed measurement is made on samples where the shape of the tensor is already
well known, or one has to find a way to overcome the limitation of measuring only
one phonon mode. In the following section we will not only explain how to measure
stresses for the simple case where one phonon is excited but also show two different
ways to overcome experimental limitations.

12.1.3 Off-Axis Raman Spectroscopy

The complete stress tensor for an arbitrary crystal orientation can be determined by
tilting the incident beam away from the normal axis while polarizing the incident as
well as the scattered beam [18, 19]. This experimental setup is called off-axis Raman
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spectroscopy. One has to keep in mind that in this setup the laser is not focused and
therefore the lateral resolution is low. So the method is suitable best for analyzing
general stress states.

To detect all three Raman modes from a (001) surface of a silicon wafer, either
the incident and/or the scattered light must have electric field components in all three
X, v, and z directions to get signal from all three Raman tensors (see Sect. 12.1.2). As
another requirement, incident and scattered light beams have to be polarized. If the
incident light deviates from the surface normal, all three Raman modes are activated
and can be measured. By adjusting the polarizer, one is able to vary the proportion
of each mode to the total intensity signal. The correct experimental setup allows
studying a selected phonon mode. Tuning the system allows one to determine all six
components of the stress tensor.

In the off-axis Raman spectroscopy it is important to define several experimen-
tal parameters, which have to be under direct experimental control. In the case
described here four different angles have to be known. The angle between the inci-
dent laser and the surface normal @ is the first important parameter. This angle
allows the detection of all three phonon modes due to the nonzero z-component.
The orientation of the incident light () as well as the scattered light (8) adjusted by
a polarizer must be known. Finally, the orientation of the sample (k) with respect to
the incident light is also of high importance (see Fig. 12.1). Once the tilting angle
(®) is fixed, all the other angles are adjusted to optimize the sensitivity of the appa-
ratus.

Due to the off-axis setup of the laser, (12.2) has to be adjusted. The final sig-
nal intensity at the detector from a given phonon mode can be expressed by the
following equation:

I=C (dkHBdk> (12.11)

In this notation dy, is a pseudovector. Its components are the nonzero elements of the
Raman tensor which only depend on the applied stress but not on the experimental

Detector
B L

Fig. 12.1 Simplified —=
schematic of an experimental =
setup for polarized off-axis
Raman spectroscopy. « and S
denote the orientation of the
polarizer of the incident light
and the scattered light,
respectively. ® is the tilting

.—
Polarizer

Polarizer

A N

angle between the surface Silicon sample
normal and the incident laser — {L_ _
K —

light. « refers to the rotation
angle of the silicon sample i
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setup of the system. The superscript H denotes the complex-conjugate (Hermitian)
transpose. B is the observation matrix which describes the directions of the vibra-
tions. It depends only on the experimental setup of the measuring system and on
the material properties, such as refractive index, but it does not depend on applied
stress. C is a constant.

It is important to point out that in (12.11) the shape of the spectrum not only
depends on the stress but is also a function of the experimental configuration,
namely the observation directions given by the observation matrix B. B includes
all the parameters which are under experimental control and must be calculated
for every configuration (P, «, 8, k). By adjusting these parameters, it is possible to
selectively measure different phonon vibrations.

As an example, the Raman spectra measured on a silicon wafer with a (001)
surface orientation under biaxial stress are shown in Fig. 12.2 [18].

The Raman measurements were taken parallel to the crystallographic axes. As
one can see, it is possible to analyze different phonon vibrations in different obser-
vation directions. For visualizing the absolute shifts of the Raman peak position a
spectrum from the unstressed wafer is plotted as well. The splitting between the two
transversal optical phonons in the [100] and [010] direction and the longitudinal
phonon in the [001] direction indicates biaxial stress in the wafer.

In conclusion one can say that polarized off-axis Raman spectroscopy is a charac-
terization method which allows the analysis of the complete stress tensor of a silicon
wafer. The largest drawback of the method is the lateral resolution. This problem can
be overcome by implementing the method for micro-Raman spectroscopy.

(unstressed)

----- Forbldd]en Case

IlIIIIIIIIIIIII]III
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w

Fig. 12.2 Raman spectra
taken with observation
directions along the
crystallographic axes. All
spectra show a significant
shift to lower wave numbers
in comparison to the
unstressed spectra, which
indicate tensile stress. Also a
considerable splitting Dery g
between the two in-plane P I I I e
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12.1.4 Stress Tensor Analysis in Back-Scattering
Raman Microscopy

We have seen that stress tensor analysis by means of Raman spectroscopy is gen-
erally possible, although the presented method does not provide local information
about the stress state. To obtain local information about the stress is crucial for
microelectronics, as it can be the origin of hillocks, voids, and cracks [20]. There-
fore a method is required, which allows the measurement of stresses with a lateral
resolution in the micrometer range or better. Bonera et al. presented a method to
measure different components of the stress tensor with a spatial resolution of 1 pm
by Raman spectroscopic technique [17, 21].

Equations (12.1) and (12.2) show that one obtains only information from the
longitudinal optical phonon from an (001) surface in an ideal back-scattering exper-
iment. The two transversal optical phonons are not excited. In this case, the electric
field of the laser light is perpendicular to the surface normal (see Fig. 12.3a). If
one uses an objective lens with a large numerical aperture (NA), all three phonons
will be excited due to the fact that the incident laser light is no longer polarized
perpendicular to the surface normal (Fig. 12.3b). The polarization vector also has
a component in the z-axis. The higher the NA, the higher the intensity from the
transversal optical phonons will be.

Polarizing the incident as well as the scattered light offers the possibility to mea-
sure all three phonon modes separately. Using the Porto notation, these three cases
can be written as

2y, y)7 — w1

72(x,x)7 = wy (12.12)
z2(y, X ®y)z = w3
b) Laser

" B

Objective

y

Fig. 12.3 (a) Ideal back-scattering configuration. The polarization (po) of the incident laser light is
perpendicular to the surface normal. Only the LO phonon is excited. (b) Due to focusing the laser
light the polarization vector (po) obtains a component parallel to the surface normal. Therefore all
phonon modes are excited
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In the Porto notation, the first symbol, z, defines the direction of the in-coming light,
while the last symbol, z, refers to the direction of the scattered light. The z implies
that the scattered light is rotated 180° with respect to z. The first parameter within
the parentheses describes the polarization of the incident light, while the second
symbol is the polarization direction of the scattered light. Equation (12.12) shows
which experimental setup is required for measuring a certain phonon mode. To study
3, which is the LO phonon, no polarizer is needed in the scattered beam. In this
case, not only the LO phonon contributes to the total intensity, but also one of the TO
phonons. However, in comparison to the intensity of the LO phonon the contribution
of the TO phonon is negligible. Therefore, to get information from all three phonon
vibrations, one has to measure the same region with all three different polarization
states of (12.12). In an unstressed area, w1, @z, and w3 have the same frequency. In
stressed areas, the three frequencies are shifted with respect to the unstrained case.
The total amount of the shift of the corresponding frequency depends on the actual
stress state.

To calculate the stress state, one has to assume that the angles of the unit cells
of the crystal do not change and the unit cell remains orthogonal. This assumption
results in all nondiagonal values of the stress tensor to vanish:

0j =0, i#j (12.13)

In most cases this assumption is a simplification of the true stress state. Nevertheless,
it allows one to measure three of the six components of the stress tensor instead of
only one. It is convenient to split the stress tensor into a hydrostatic (op) and a
traceless (o;) component:

o = o + ot (12.14)

Using (12.14) simplifies the secular matrix for the strained crystal (see (12.3)) to the
following three linear equations:

(p +29)(s11 + 2512) (p—q)(s11 —512)
= a oo+ o -

Aw;j
2w 2w

or-a (12.15)

where ¢ = x,y, and z; 511 and s> are elements of the compliance tensor (see
(12.6)); p and g are phonon deformation potentials. Equation (12.15) allows to
determine the stress tensor with a lateral resolution depending on the wave length
of the laser and the numerical aperture of the lens.

In conclusion, the above section presents a method to measure stress-induced
Raman shifts from a silicon surface. The spatial resolution is in the sub-micrometer
range. The method allows to measure different phonon polarizations which belong
to different directions in space.
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12.2 Case Studies

12.2.1 3D Raman Spectroscopy Measurements

Stresses and strains are important since they are related to material deformation and
failures of devices. The detailed understanding of the stress fields can improve the
design of applications to gain highest possible quality and mechanical durability.
The most detailed analysis would be a full 3D characterization of the stress state
in a material or device. However, at the moment only a few methods, such as 3D
X-ray diffraction microscopy, are known to perform 3D measurements with a res-
olution at or below the micrometer range [22]. But few such systems are available
worldwide. Therefore, only a few experiments have been performed to date. An
alternative method at a laboratory scale is confocal Raman microscopy.

Sapphire is often used for pressure sensors or in applications for the electronics
industry. Therefore it is important to understand the deformation behavior of sap-
phire single crystals. In this study a sapphire single crystal was used for measuring
3D stress fields around an indent with confocal Raman microscopy [23].

An indent from a Vickers microindentation was placed on the basal (0001) plane
of a sapphire single crystal. The indent had a depth of about 0.5 pm and a diameter
of about 4.5 um (see Fig. 12.4). A confocal Raman microscope (WITec, CRM 200,
wavelength: 442 nm) was used to measure the peak shifts around the indent. Due
to the confocality of the microscope an exact 3D positioning of the focus spot is
feasible [24]. The lateral resolution of the microscope is defined by the Rayleigh
equation: d = 1.22(ALaser/2NA) where AL ,er is the wavelength of the laser and NA
is the numerical aperture. In the case described here, the lateral resolution is 300 nm.

Figure 12.5 shows the Raman spectra of a sapphire single crystal measured in a
back-scattering mode from the basal (0001) plane. The visible peaks at 380, 432,

1 um

0.552 pm

Fig. 12.4 AFM image of the
Vickers microindent on the
basal C(0001) plane of the
Sapphire crystal. The
diameter of the indent is
about 4.5 pm 0pm
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Fig. 12.5 Raman spectrum 440 : . : :
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451, 578, and 751 cm ™! belong to E ¢ modes while the peak at 417 cm~! belongs
to an A1, mode. With the exception of the peak at 378 cm™!, which belongs to a
phonon with an in-plane and out-of-plane component, all peaks belong to out-of-
plane phonon vibrations.

Starting from the surface of the sapphire crystal, a stack of xy scans was
taken at different z-positions. All measurements were made with the same x- and
y-positions, changing only the z-coordinate by 0.4 um between scans.

Figure 12.6 shows the shift of the peak at 417 cm™! around the indent starting
from the surface of the single crystal down to 2.8 pm. The amount of the peak shift
correlates directly to the residual stress. Bright colors correspond to compressive
stresses whereas dark colors correspond to tensile stresses. While the indent has
fourfold symmetry (see Fig. 12.4) the residual stress field around the indent shows
a clear threefold symmetry.

The scans were performed in a back-scattering mode with a 100x objective with
an NA of 0.9. Therefore, the lateral resolution was 300 nm. The scans had a size of

418 cm?
417.5 cm!
417 cmt
416.5cm’
416 cm?
415.5 cm!

415 cm?
414.5 cm!
Fig. 12.6 Shift of the peak at 417 cm~! wave numbers around the indent. High wave numbers

correspond to compressive stress while low wave numbers correspond to tensile stress. The differ-
ence between maps is a distance of 0.4 pm
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Fig. 12.7 The calculated 3D stress field around the indent. (a) Tensile stresses above a certain
threshold are transparent. Only areas with compressive stresses or no stresses are visible in this
volume (12 x 12 x 4 wm). (b) Bright colors indicate compressive stresses while dark colors cor-
respond to tensile stresses (20 x 20 x 2jum)

12 x 12 wm and consisted of 48 x 48 spectra. All the experiments were done with
an integration time per spectra of 4.5 s using a 1800 grooves/mm grating.

From the stack of images it is possible to visualize the 3D stress field around
the Vickers indent by using an image processing program such as imagelJ [25].
Figure 12.7 shows the result of these calculations. However, as the peak at 417 cm™!
belongs to an out-of-plane phonon vibration, only out-of-plane stresses are shown.

To understand why an indent with a clear fourfold symmetry leads to a residual
stress field with a threefold symmetry one has to consider the deformation behavior
of the material. In materials with a hexagonal crystal structure such as sapphire the
c/a axis ratio of the unit cell defines the deformation behavior. Figure 12.8 shows
the probability for activating a certain slip or twinning system as a function of the
angle. The numbers refer to different deformation systems: “1” is a rhombohedral
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twinning system along the {0112} plane, “2” belongs to a basal (0001) twinning
system, and “3” denotes to a thombohedral slip system along the 0112 plane [26].

In this figure A describes an angle between the orientation of the indent and
the orientation of the sapphire. The solid lines highlight the deformation systems
which are activated in the particular experimental setup. According to Fig. 12.8,
the dominating deformation systems involve threefold symmetry. Therefore it is
reasonable to assume that the residual stress field will show a similar behavior.

The presented study demonstrated that the residual stress field is not solely influ-
enced by the geometry of the indent. Although the Vickers indent shows fourfold
symmetry the stress field shows a clear threefold symmetry. It could be shown that in
a transparent sample such as sapphire the 3D stress field can be measured by means
of confocal Raman microscopy, but only out-of-plane phonons could be measured.
Therefore, relating this to the previous discussion little can be said about the stress
tensor.

12.2.2 ZnO

As shown in the previous section, the confocal Raman microscopy makes it possible
to calculate 3D stress fields. To get more information about the 3D stress field, it is
important to measure different phonons corresponding to different directions. In the
case of zinc oxide, two in-plane phonon vibrations which are perpendicular to each
other can be measured.

As in the sapphire study, a single crystal was indented with a Vickers microin-
denter. In the case of the zinc oxide, the indent was placed on the sidewall of the
crystal which was perpendicular to the basal plane. The indent (see Fig. 12.9a) had a
diameter of about 7 wm and a depth of about 1.6 wm. Figure 12.9(b) shows a Raman
spectra of zinc oxide (ZnO) taken from the sidewall of the sample. The electrical
field of the incident laser light was parallel to the (0001)-axis of the crystal. Arrow 11
indicates the Raman peak at 378 cm™! which belongs to a phonon vibration of an A
mode polarized parallel to the (0001)-axis. Arrow III points to the Raman peak of an
E1 mode at 409 cm™~! which corresponds to a phonon vibration polarized perpendic-
ular to the z-axis [27]. As the phonons are perpendicular to each other, it is possible
to analyze two components of the stress tensor. The peaks highlighted with arrows
Iand IV at 334 and 1149 cm™!, respectively, belong to multiphonon processes.

Figure 12.10 shows the results of the Raman scans around the indent. The shifts
of the Raman peaks at 378 and 409 cm™~! are presented. High wave numbers corre-
spond to compressive stress while low wave numbers correspond to tensile stresses.
The low signal-to-noise ratio of the peak at 409 cm ™! results in an image with much
more noise than the image from the peak shift of the peak at 378 cm~!. Neverthe-
less both scans show the same behavior; the residual stress field reveals a twofold
symmetry.

As in the sapphire case, the twofold symmetry of residual stresses in zinc
oxide can be explained by the deformation behavior. Zinc oxide has a wurtzite
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Fig. 12.9 (a) AFM image of the Vickers microindent on the sidewall of the zinc oxide crystal.
The diameter of the indent is approximately 7 um. (b) Raman spectra of ZnO taken from the
sidewall of the crystal. The incident laser was polarized parallel to the z-axis of the crystal. The
peaks highlighted with arrow II at 378 cm™! and arrow III at 408 cm™! are polarized parallel and
perpendicular to the (0001)-axis, respectively. Arrow I at 334cm™! and arrow IV at 1149 cm™!
belong to multiphonon processes
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Fig. 12.10 Shift of the peaks at 378 and 409 cm™! around a microindent. High wave numbers
correspond to compressive stresses while shifts to lower wave numbers indicate tensile stresses.
The scan was taken at the surface of the sample
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crystal structure which belongs to the group of hexagonal crystal systems [28, 29].
Although mechanism of plastic deformation in different hexagonal materials is
never exactly equal the behavior still has some similarities. A comparable case of
indentation on the (1010) plane of a sapphire single crystal showed that the plas-
tic deformation exhibited a twofold symmetry (see Fig. 2.8) [26]. The numbers in
Fig. 12.11 refer to different deformation systems: “1” is a thombohedral twinning
system along the {0112} plane, “2” belongs to a basal (0001) twinning system, “3”
denotes a rhombohedral slip system along the {0112} plane, and “4” is prismatic slip
along the {1210}. All deformation systems are activated. Summing up the proba-
bility for activating certain slip or twinning systems lead to a twofold symmetry. As
for sapphire, the twofold symmetry of the plastic deformation leads to the twofold
symmetry of the residual stress field around the indent.
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Manjon et al. [30] applied hydrostatic pressure to a zinc oxide crystal in a dia-
mond anvil cell. They stated that the stress-induced shifts for the peaks at 378 and
409 cm~! are 4.33 and 5.2cm~! GPa~!, respectively. With these results it is pos-
sible to estimate the amount of the residual stresses in two directions which are
perpendicular to each other. Taking the maximal peak shifts from the measurements
leads to maximal residual stresses of +160 MPa parallel to the (0001)-axis and
490 MPa parallel to the (0001)-axis. Although the two directions are perpendicular
to each other, neither of these directions have to correspond to the principle stress
axis. Therefore, one cannot make any assumptions about shear stresses.

12.2.3 The Influence of Stress on the Peak Position of Polymers

So far we have described the influence of stress on the peak position of semiconduc-
tors (Si) and ceramics (sapphire and ZnO). But also the Raman peaks of materials
other than ceramics and semiconductor are sensitive to applied stress and show sim-
ilar effects [31-34]. In this section the stress-induced peak shift of polyethylene will
be discussed.

Ultra-high molecular weight polyethylene (UHMWPE) thin films with different
draw ratios were tested. The polyethylene was pre-oriented and stretched at an
elevated temperature of 135°C to draw ratios of A = 20, 40, and 50. A detailed
description of the process is reported elsewhere [35]. The draw ratio is defined as
the ratio of the unit length after the deformation, L to the initial unit length, L :
A = L/Lg. The drawing leads to a preferred orientation of the polyethylene chains.
The degree of the orientation after the stretching process has an influence on the
mechanical properties such as the Young’s modulus and the strain at breaking. For
example, Young’s modulus ranges from 40, 70, to 80 GPa for A = 20, 40, and 50,
respectively. Figure 12.12 shows a section of a Raman spectrum of polyethylene.
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The peak at 1057 cm ™! belongs to an asymmetric stretching C—C vibration whereas
the peak at 1123 cm™! corresponds to a symmetric stretching C—C vibration. One
should note that the resulting peak at 1123 cm™! is the envelope of a “narrow” band
and a “broad” band [33]. The peak at 1291 cm~! and the peak at 1375 cm~! belong
to a twisting mode and a wagging mode of CH», respectively.

To see the influence of applied strain on the Raman spectra of polyethylene
stress — strain measurements were carried out using a tensile testing machine. The
tensile machine was mounted below a confocal Raman microscope (WITec, CRM
200, wavelength: 442nm) to measure the Raman signal in situ. The strain was
applied parallel to the direction of the drawing process.

Figure 12.13 shows the Raman shift as a function of applied strain for the
polyethylene film made with a draw ratio of 50. Three different peaks were ana-
lyzed. For the peak at 1123 cm™!, only the narrow band was analyzed as the broad
band at the position did not influence the result. From the figure, one can see that the
applied strain leads to a shift to lower wave numbers. Up to a strain of 2% the shift
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seems to be linear. For higher strains, the slopes of all three curves change. Further-
more, the three peaks show different strain dependencies. The peak at 1291 cm™! is
only altered slightly and has a strain dependence of 0.16 cm™'/%. In comparison the
peaks at 1123 and 1057 cm™~! exhibit a strain dependence of 0.58 and 0.75 cm™!/%,
respectively.

The reason for the different strain dependencies is the origin of the peaks. The
peak at 1291 cm~! belongs to a CH, wagging mode while the peak at 1057 cm™!
corresponds to a C—C molecule vibration, which is the backbone bond of the
polyethylene. In a tensile experiment the stress is mainly applied on the back bond
of the polymer. The C-H bonds of the polymer are like small side arms and are
therefore much less affected by the stress.

Figure 12.14 shows the peak shift for the peak at 1057 cm™! for the draw ratios
of A = 20, 40, and 50 up to 5% strain. The peak corresponds to a C—C backbone
vibration. All three samples show the same behavior. With increasing strain the
peaks are shifted to lower wave numbers, but the slope of the peak shift strongly
depends on the draw ratio of the film. The higher the draw ratio, the bigger is the
slope of the sample.

Highly oriented polymers are assumed to consist of a number of anisotropic
units with a uniform stress throughout the aggregate along the orientation axis [36].
Therefore, the macroscopic modulus can be expressed as

1 1 (sin?6)

E EC+ G

(12.16)

where E is the macroscopic Young’s modulus, E. is the average chain modulus,
G is the macroscopic shear modulus, and (sin? 6) is the mean value of orientation
over the chain in the units about orientation axis. Equation (12.16) indicates that
the deformation in highly orientated polymer films can be divided into a crystal
stretching part (elongation of the polymer chains) and a rotation (shear deformation
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of small domains containing the chain segment). For high draw ratios the angle 0
becomes small and therefore the portion of the rotation in (12.16) decreases. As a
consequence, in highly orientated films applied strain or stress will strongly affect
the elongation of the C—C backbone and therefore lead to a peak shift of the corre-
sponding Raman peak. Maximal peak shifts could be obtained in polymer crystals
where the chains are perfectly orientated and therefore 8 becomes zero.

12.3 Discussion

Strain measurements by means of Raman microscopy have already been shown to
be highly useful for applications in microelectronics and microsystems technology.
In this application, the standard material is (100)-oriented single crystalline sili-
con, which is extremely well characterized in terms of mechanical and electronic
properties. Also the phonon deformation potentials are well established. Currently,
the application of strain measurements by Raman microscopy is being extended
to further classes of materials. In these cases, phonon deformation potentials still
need to be established. It is therefore important to investigate the advantages and
drawbacks of this technique.
The advantages are

High lateral resolution

Depth resolution

Auvailable in laboratories at moderate cost
Fast and easy data acquisition

High strain sensitivity

In contrast the disadvantages include

Only certain classes of materials are Raman active

Phonon deformation potentials are only available for a small set of materials
Materials need to be transparent for 3D mapping

Complete strain tensor is difficult to access

Fluorescence may overshadow Raman peaks

In Table 12.2 the current technique is compared to other techniques for local
strain measurements which are mostly based on diffraction. Electron diffraction
is available in a laboratory environment, whereas X-ray diffraction requires syn-
chrotron sources for spot sizes in the micrometer range.

The main advantage of Raman microscopy for strain measurements is its speed
of acquisition and its ease of use. CBED requires extensive sample preparation and
a TEM, Laue microdiffraction requires a synchrotron, which leaves only EBSD and
a special Kossel technique which can be attached to SEMs. EBSD, however, has a
poor strain resolution and the current state of the Kossel technique lacks automa-
tion. Raman microscopy is limited in terms of materials choice (polarizability) and
needs the knowledge of phonon deformation potentials to allow for the conversion
of peak shift into elastic strain. The conversion of strain into stress by Hooke’s law
is common to all methods. Complex strain states cannot currently be accessed by
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Table 12.2 Comparison of the Raman technique for stress measurement to comparable electron
and X-ray diffraction-based techniques

Raman Electron diffraction X-ray microdiffraction
EBSD CBED Laue Mono- Kossel
Chromatic chromatic
lateral 300 nm 20 nm Snm 500 nm 50 nm 500 nm
resolution
Depth 500 nm - - 1 pm - -
resolution
Ease of use ~ Lab based SEM TEM Synchrot. ~ Synchrot. ~SEM
Strain 10~ 10-3 1074 1074 10~ 10-°
resolution
Time 0.1s 1s 1s 5s 10s 10s
pixel
Materials Polarizable Single Electron Single Crystalline  Single
crystalline transparent  crystalline crystalline
Strain tensor  1-3 2-5 2-5 5-6 1-2 6
components

Raman microscopy. This drawback will be overcome in the near future. With regard
to lateral resolution, Raman microscopy is on the lower side for the methods com-
pared. Here, two possibilities are viable. First, near-field optics could be employed
to achieve resolutions below 100 nm. The issue with this option is that both near-
field optics and the Raman effect strongly attenuate the primary signal and if used in
conjunction leave just a few photons of signal to count. The other option is to locally
enhance the signal by Plasmon resonances, e.g., by putting metallic nanoparticles
of gold or silver in a focused beam [37-39].

In summary, Raman microscopy has been demonstrated to be a fast and relatively
easy way to locally measure strains. With a well-developed experimental setup,
more than one component of the strain tensor can be analyzed and certainly new
materials will be analyzed in the future. Careful characterization of more materials
that exhibit sharp Raman peaks in terms of the phonon deformation potential will
enable strain measurements on more and more samples and make this technique
useful for general local materials’ stress analysis.
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