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Aims and Scope

Fluorescence spectroscopy, fluorescence imaging and fluorescent probes are indis-

pensible tools in numerous fields of modern medicine and science, including

molecular biology, biophysics, biochemistry, clinical diagnosis and analytical and

environmental chemistry. Applications stretch from spectroscopy and sensor tech-

nology to microscopy and imaging, to single molecule detection, to the develop-

ment of novel fluorescent probes, and to proteomics and genomics. The Springer
Series on Fluorescence aims at publishing state-of-the-art articles that can serve as

invaluable tools for both practitioners and researchers being active in this highly

interdisciplinary field. The carefully edited collection of papers in each volume will

give continuous inspiration for new research and will point to exciting new trends.
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Preface

Biological membranes play a central role in cell structure, shape, and functions.

While the plasma membrane surrounds the cell and separates its interior from the

extracellular environment, a number of intracellular membranes compartmentalize

the cell interior into organelles having different functions. Being selectively per-

meable to ions and organic molecules, cell membranes primarily control the

exchange of substances and nutriments in and out of cells. They are also involved

in a variety of cellular processes, such as cell adhesion and signaling. Biological

membranes of eukaryotic cells are essentially built up by a lipid bilayer, constituted

of a large number of different lipids, where a large variety of proteins are inserted.

Glycerophospholipids are the main structural components of cellular membranes,

either the plasma membrane or membranes of organelles. Together with the other

types of lipids, including sphingolipids and cholesterol, these amphipathic mole-

cules spontaneously self-assemble into lipid bilayers so that their hydrophobic tails

are isolated from the surrounding polar medium and their more hydrophilic head

groups are exposed to the extracellular medium and the cytosol. Initially, according

to the “fluid mosaic model,” biological membranes and, notably, the plasma

membrane were simply perceived as a lipidic “sea,” in which membrane proteins

were freely diffusing. Nowadays, it is well recognized that this simplistic picture is

inappropriate and that biological membranes are highly heterogeneous systems in

which embedded molecules show complex diffusion patterns. In fact, due to their

high structural and chemical diversity and their highly heterogeneous spatiotempo-

ral distribution, lipids play a key role in membrane functions by regulating the

conformational state and functions of proteins inserted into or associated with

the membranes. Lipids also directly participate in signaling pathways and constitute

direct molecular receptors of a number of external agents. An important conse-

quence of the diversity and dynamics of membrane lipids is the formation of

transient but highly ordered lipid domains, often referred to as membrane “rafts”

that allow tight spatial packing of important proteins. These domains are thought to

function as signaling platforms in a variety of important biological functions.

Although the membrane properties and functions are of key importance,

their investigation proved to be difficult due to their intrinsic characteristics.
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Indeed, the depth of the membrane bilayer is only 4–5 nm, which is two orders of

magnitude below the resolution of optical microscopes, precluding any direct

visualization of membranes in the “z” direction. Similarly, the highly dynamic

nature as well as the small size of lipid “rafts” (below 100 nm) precluded, up to

now, their direct observation. Another key issue is the highly anisotropic structure

of the bilayer, which generates steep gradients at the nanometer scale. For instance,

in phospholipids characterized by polar head groups and highly apolar aliphatic

chains, there are steep gradients of polarity and hydration between the membrane

surface and its interior. Moreover, the asymmetric distribution of charges at the

membrane level generates a number of static electric fields with different localiza-

tions, often classified as surface (Cs), dipole (Cd), and transmembrane (Ct)

potentials. Another issue of key importance in biomembranes is their asymmetric

lipidic distribution between the inner and outer leaflets, especially in the plasma

membrane, since negatively charged phospholipids, like phosphatidylserine, are

mainly distributed in the inner leaflet while sphingolipids are distributed in the

outer leaflet. In addition, to ensure the efficient absorption of external molecules

needed for cell metabolism, the plasma membrane continuously undergoes endo-

cytosis, a process in which the plasma membrane engulfs the extracellular content

through small vesicles that detach into the cytoplasm. As a consequence, it is

considered that the whole membrane surface of fibroblasts is internalized every

16 minutes. Taking into account these various aspects, it is obvious that the design

of membrane probes and instrumentation for characterizing membrane properties

and functions is particularly challenging. Nevertheless, due to the consistent efforts

of a large scientific community and the decisive impact of fluorescence-based

techniques, remarkable progress has been made in the last decades in the under-

standing of membrane characteristics and functions.

In this context, this book illustrates some of these major advances through a

collection of review articles written by invited authors who are experts in the

subjects of membranes and fluorescence. A number of these authors have presented

their work at the 12th International Conference on Methods and Applications of

Fluorescence (MAF-12), held in Strasbourg, France, in September 2011. Since their

inception in 1989, the biennial MAF conferences have become the largest meetings

dedicated to studies concerning fluorescence, being highly interdisciplinary and

covering areas including physics, chemistry, nanotechnology, biology, and medi-

cine. The MAF-12 conference has attracted more than 400 attendees from 40

countries worldwide.

This book is organized into three parts. The first part deals with membrane

probes and model membranes. Two “historical” membrane probes, namely, Laur-

dan- and NBD-labeled lipids, are presented, with a discussion on both their early

and present applications. The two-color 3-hydroxychromone probes are also de-

scribed, with a focus on the importance of their precise location and orientation in

the membrane for their applications in sensing membrane potentials, lipid domains,

and apoptosis. Three review articles on membrane models, such as lipid vesicles

and supported bilayers, are also presented. Model membranes with controlled

composition and environment continue to play a central role in understanding the
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basic physicochemical properties of biological membranes. These review articles

focus specifically on the use of FRET to probe the lateral heterogeneity of mem-

branes and lipid–protein interactions and the use of time-resolved fluorescence

techniques to monitor hydration and mobility changes across the bilayer. The

second part describes the use of fluorescent-based microscopy techniques, and

notably of advanced quantitative and high-resolution techniques, to explore the

properties of biological membranes. This part illustrates the key advances that have

been made in the understanding of membrane organization, dynamics, and interac-

tions using techniques such as wide-field microscopy; multiphoton microscopy;

fluorescence lifetime imaging microscopy (FLIM); fluorescence correlation spec-

troscopy (FCS), spot variation FCS, and FCS combined with stimulated emission

depletion (STED) microscopy; polarization-resolved fluorescence microscopy; and

near-field optical nanoscopy. The last part focuses on the investigation by these

techniques of membrane proteins and, notably, membrane receptors that play a

central role in a number of signaling pathways and are, thus, largely targeted in

therapeutic strategies. Two review articles discuss the strategies that can be used to

explore either the biophysical properties of a hypothetical membrane receptor or the

oligomerization of G-protein-coupled receptors (GPCR). Two additional review

articles focus on the characterization of serotonin 1A and TNF receptors. Finally,

the last review article deals with the assembly of retroviral HIV-1 particles at the

plasma membrane level.

Strasbourg, France Yves Mély and Guy Duportail
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Membranes



LAURDAN Fluorescence Properties

in Membranes: A Journey from the Fluorometer

to the Microscope

L.A. Bagatolli

Abstract After 32 years since its introduction, the particular fluorescence

properties of 6-lauroyl-2-(dimethylamino)-naphtalene (LAURDAN) in model

and biological membranes are revisited. This review includes a historical per-

spective about the design, synthesis and initial description of the probe’s fluores-

cent properties, a discussion about the proposed mechanism of LAURDAN

sensitivity to membrane lateral packing, and a detailed description of the defini-

tion of the Generalized Polarization function. This article includes as well

examples of the different experimental strategies involving LAURDAN in

model and biological membranes, using both bulk fluorescence spectroscopy

measurements and spatially resolved information from fluorescence microscopy.

The value of this probe in the study of membrane structure and dynamics is

reflected in more than 330 papers reported in the existing literature.

Keywords Biological membranes � Dipolar relaxation process � Fluorescence
microscopy/spectroscopy � Generalized polarization function � Membrane lateral

structure
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Abbreviations

ACDAN 6-Acethyl-2-dimethylamine-naphthalene

ACRYLODAN 6-Acryloyl-2-dimethylaminonaphtalene

C-LAURDAN 6-Dodecanoyl-2-[N-methyl-N-(carboxymethyl)amino]

naphthalene

Cer (ceramide) N-acylsphingosine
Cholesterol (3b)-Cholest-5-en-3-ol
D2O Deuterium oxide

DANCA 20-(N,N-dimethyl)amino-6-naphtophyl-4-trans-cyclohexanoic

acid

DHPC 1,2-Di-O-hexadecyl-sn-glycero-3-phosphocholine
DLPC 1,2-Dilauroyl-sn-glycero-3-phosphocholine
DMPC 1,2-Dimiristoyl-sn-glycero-3-phosphocholine
DOPC 1-Oleoyl-2-palmitoyl-sn-glycero-3-phosphocholine
DPPC 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine
Gal Galactose

GD1a NeuAc2a ! 3Galb1 ! 3Gal-NAcb1 ! 4Gal

(3  2aNeuAc)b1 ! 4Glcb1 ! 1’Cer

GalCer Galb1 ! 1’Cer

Glc Glucose

Gg3Cer (Asialo GM2) Gal-NAcb1 ! 4Galb1 ! 4Glcb1 ! 1’Cer

Gg4Cer (Asialo GM1) Galb1 ! 3Gal-NAcb1 ! 4Galb1 ! 4Glcb1 !
1’Cer

GM3 NeuAc2a ! 3Galb1 ! 4Glcb1 ! 1’Cer

GM2 Gal-NAcb1 ! 4Gal(3  2aNeuAc)b1 ! 4Glcb1 ! 1’Cer

GM1 Galb1 ! 3Gal-NAcb1! 4Gal(3 2aNeuAc)b1! 4Glcb1!
1’Cer

GP Generalized Polarization function

GPex Generalized Polarization, excitation

GPem Generalized Polarization, emission

GT1b NeuAc2a ! 3Galb1 ! 3GalNAcb1 ! 4Gal(3  2aNeuAc8
 2aNeuAc)b1 ! 4Glcb1 ! 1’Cer

LAURDAN 6-Dodecanoyl-2-dimethylamine-naphthalene

LAURISAN 2-Diisopropylamino-6-lauroylnaphthalene

LAURMEN 2-Methoxy-6-lauroylnapthalene
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LAURNA 2-Hydroxy-6-lauroylnapthalene

ld Liquid disordered phase

lo Liquid ordered phase

NeuAc Neuraminic acid

PATMAN 6-Palmitoyl-2-[[(2-trimethylammonium)ethyl]methyl]amino]

naphthalene

Phre (phrenosine) Galb1 ! 1’(N-[a-OH]acylsphingosine)
PRODAN 6-Propionyl-2-dimethylamine-naphthalene

so Solid ordered (gel) phase

Sphingomyelin N-acyl-D-erythro-sphingosylphosphorylcholine
Sulf (Sulfatide) HSO3 ! 3Galb1 ! 1’Cer

TPEFM Two photon excitation fluorescence microscopy

1 Introduction

The displacement of the fluorescence spectrum to longer wavelengths (red shift)

with increasing polarity of solvents has been the object of both theory and experi-

ment since the 50s. This type of red shift is largely dependent upon a large increase

in the molecule’s dipole moment in the fluorescence state over that of the ground

state [1]. Particular substituted aromatic molecules can satisfy this condition. In

1979, Gregorio Weber introduced a family of environmentally sensitive dyes based

on a naphthalene structure substituted with a electron donor (alkylamino group) and

acceptor (acyl substituted carbonyl group) groups in position 2 and 6 [1]. This

structure possesses a maximum distance between the electron donor and acceptor

groups, resulting in a lowest excited state with an important charge transfer

character. In his seminal publication, Weber presented a general method for the

synthesis of 2-(dimethylamino)-6-acylnaphtalenes, i.e., 6-propionyl (PRODAN),

6-acetyl (ACDAN), and 6-lauroyl (LAURDAN), together with a careful study of

the response of PRODAN’s absorption and fluorescence properties to solvents of

different polarity. In this description the dipole interaction theory of Lippert [2] was

considered and generalized to the other synthesized naphtalene derivatives [1]. For

example, a 130 nm red shift (one of the largest reported so far) was described for

PRODAN’s emission maximum from cyclohexane to water with an important

change in the magnitude of its transition dipole. Additionally, a significant (larger)

Stoke’s shift was reported in solvents that can form hydrogen bonds (i.e., that can

act as proton donors) with respect to aprotic solvents [1]. Later on, further studies of

PRODAN’s response to solvent polarity were conducted in Weber’s laboratory,

where the Langevin distribution of electrostatic interactions was considered [3].

Weber’s contributionwent beyond the rational design of environmentally sensitive

fluorescent molecules and the characterization of their response in solvents with

different polarity. An essential contribution was to apply this knowledge to the

study of biological material. More precisely, in 1979 Weber presented a study of the

interaction of PRODAN with bovine serum albumin, proposing the use of this

2-(dimethylamino)-6-acylnaphtalene derivative as “a relaxation probe of various
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biological environments” [1]. In a later work, Weber exploited the nanosecond

relaxation phenomenon in a protein matrix (addressed earlier in his laboratory [4])

to determine the polarity of the myoglobin haem pocket [5]. Specifically, Weber

designed and used another 2,6 substituted naphthalene derivative, i.e., 20-(N,
N-dimethyl)amino-6-naphtophyl-4-trans-cyclohexanoic acid (DANCA) [5], a probe

with more affinity than PRODAN for apomyo-globin. In a similar way, Prendergast

et al. synthesized 6-Acryloyl-2-dimethylaminonaphtalene (ACRYLODAN), a 2,6

substituted naphthalene derivative that selectively labels thiol moieties in proteins

[6]. In the Prendergast et al. paper, the usefulness of ACRYLODAN in the study of

“hydrophobic” domains, conformational changes, and dipolar relaxation processes in

proteins was demonstrated bymeasurements of fluorescence spectra and lifetimes of a

mercaptoethanol adduct in different solvents and of adducts of this agent with

parvalbumin, troponin C, papain, and carbonic anhydrase [6].

The interest of environmental relaxation processes in biological systems was not

restricted only to proteins. Similar ideas were used to explore the this phenomenon

in membranes using different 2-(dimethylamino)-6-acylnaphtalene derivatives

introduced by Weber, i.e., LAURDAN, PRODAN, ACDAN, and 6-palmitoyl-

2-[[(2-trimethylammonium)ethyl]methyl]amino] naphthalene (PATMAN), the last

one introduced by Lakowicz et al. in 1983 [7]. Other derivatives had been also

synthesized in Weber’s group, i.e., 2-diisopropylamino-6-lauroylnaphthalene

(LAURISAN), 2-methoxy-6-lauroylnapthalene (LAURMEN), and 2-hydroxy-

6-lauroylnapthalene (LAURNA), and further characterized by Parasassi et al. [8].

Very recently, a new 2,6 naphthalene derivative has been introduced 6-dodecanoyl-

2-[N-methyl-N-(carboxymethyl)amino]naphthalene (C-LAURDAN), to explore

membranes mainly using fluorescence microscopy [9, 10]. The molecular structures

of some of these compounds are illustrated in Fig. 1.

To the best of my knowledge, the first membrane study using LAURDAN (along

with other membrane probes) was published by Lakowicz and Sheppard in 1981

[11]. This paper focused on the membrane properties of intact fibroblast from both

normal subjects and patients with Huntington’s disease. In a similar type of study,

Sumbilla and Lakowicz [12] reported a year later another comparative membrane

study using LAURDAN-labeled red blood cells from normal subjects and

Huntington’s disease patients. This last paper comments on the high sensitivity of

LAURDAN to the polarity and relaxation time of its membrane environment.

However, it was not until 1986 that the first extensive characterization of

LAURDAN fluorescence properties was performed in membrane model systems

(glycerophospholipid vesicles) by Parasassi et al. [13]. In this work, the effect of

solvent relaxation, reflected as a pronounced red shift of the steady state and time-

resolved emission spectra of LAURDAN, was observed at (and above) the solid

ordered (so) to liquid disordered (ld) phase transition occurring in the membrane. In

order to explain the particular response of the probe the authors invoked the

existence of an environment that can orient with the LAURDAN excited state

dipole [13]. Furthermore, from the time-resolved fluorescence experiments these

authors computed the relaxation rate of the probe during the lipid phase transition,

that occurs in a similar time window (nanoseconds) to that of the probe’s fluores-

cence lifetime. A two state model was used to describe some of the features
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observed during the relaxation process [13, 14], providing the basis for the concept

of the Generalized Polarization (GP) function introduced by these authors in

subsequent publications [15, 16]. The GP function was defined to exploit a simple

steady state parameter (the probe’s emission spectra) to study structural and

dynamical processes in model and biological membranes (see Sect. 4 below).

Although LAURDAN is currently the most used 2-(dimethylamino)-6-acyln-

aphtalene derivative for membrane studies, PRODAN, ACDAN, and PATMAN

were also employed to study relaxation processes in model membranes. Similar to

LAURDAN, experiments with PRODAN were performed to explore dipolar relaxa-

tion inmembranes undergoing phase transitions [17, 18] as well as to study the effects

of pressure in model lipid membranes [19, 20]. Unlike LAURDAN, PRODAN

Fig. 1 Chemical structures of different 2,6 substituted naphthalene derivatives
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possesses a propionyl tail that is more loosely anchored in the lipid bilayer and the

localization of this probe was shown to be closer to the membrane interface [20].

Additionally, the partition of PRODAN for phospholipid membranes is ~2 orders of

magnitude lower than LAURDAN and, therefore, a fraction of PRODAN is

contributing from the aqueous medium (a situation that is reflected in a characteristic

shoulder at 520 nm in its emission spectrum) [21]. LAURDAN’s fluorescent group

was reported to be located ~10Å from the center of the bilayer [22], quite similar to

PATMAN but considerably deeper than PRODAN. PATMAN is located ~1Å deeper

than LAURDAN in the membrane [23] (see Fig. 2). PATMAN has been mainly used

to study dipolar relaxation processes in membranes composed of different lipids

[23–25] using a solvent relaxation technique that is based on simple time-resolved

fluorescence measurements [26]. Finally, ACDAN (together with LAURDAN and

PRODAN) has been used to study lipid interdigitation caused by ethanol in phospho-

lipid bilayers [21]. This probe has an even shorter alkyl substitution in position 6 of the

naphthalene ringwith respect to LAURDAN (an acetyl tail, see Fig. 1) showing a very

low partition to the membrane interface (three orders of magnitude lower than

LAURDAN). In the presence of membranes, the dominant contribution in the ACDAN

Fig. 2 Schematic diagram of the location of PATMAN, LAURDAN, and PRODAN in a

membrane composed of dioleoylphosphatidylcholine (DOPC). The carbon atoms of the sn2
chain are numbered. The scale on the left shows the approximate distance from the bilayer center.

Adapted from [23] with permission
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emission spectrum comes from the aqueous environment (maximum at ~520 nm)

[21]. Since this review deals mainly with LAURDAN, I strongly recommend the

readers to explore the aforementioned references for more information about the other

naphthalene derivatives.

2 A Model for LAURDAN Relaxation in Membranes

The very important features of LAURDAN are: (i) the negligible contribution of the

probe from water (its partition to the membrane is highly favored) and (ii) the even

partition of LAURDAN in membranes displaying phase coexistence [27–29]. When

LAURDAN is located in glycerophospholipid membranes an emission red shift of

~50 nm is observed when the membrane undergoes a so to ld phase transition

(Fig. 3a) [13, 15, 16]. As seen also in Fig. 3a, when so and ld phases coexist in the

membrane the probe shows an emission spectrum with intermediate properties [29].

This membrane-phase-dependent emission shift was reported to be independent of

the nature of the glycerophospholipid polar head group (pH between 4 and 10) [16],

and was also observed for some sphingolipid species forming bilayers [30, 31].

Since changes in the “static” dielectric constant between the two membrane phases

is not sufficient to explain the observed fluorescence emission shift, a model to

interpret the changes in LAURDAN’s emission properties was originally provided

by Parasassi et al. [16]. These authors proposed that the nanosecond relaxation

process observed in the ld phase [13, 15, 32] is caused by the presence of water

molecules with restricted mobility in the region where LAURDAN is located

(nearby the glycerol backbone of the glycerophospholipids, see Fig. 2) [16, 22, 23].

Part of LAURDAN’s excited state energy is utilized for the reorientation of the water

dipoles diminishing the single excited state (S1) energy (see Fig. 3b) and consequently

shifting the emission spectrum of the probe to longer wavelengths. Importantly, the

relaxation caused by these water molecules is different to the water molecules existing

in bulk that have an orientational relaxation time below 1 ps [16]. The relaxation time

have been measured for the ld and so phases using an equivalent expression of the

classical Perrin equation for the GP (for details of theGPdefinition see below, Sect. 4),

assuming a two state process [32]. These values were reported to be 2.5� 109 s�1 for
the ld phase and 4�107 s�1 for the so phase. Notice that the relaxation time measured

in the ld phase is similar to the lifetime of the probe (~3 ns [30]).

There is considerable experimental evidence that supports the idea that

structured water molecules in the vicinity of the probe are the cause of

LAURDAN’s emission shift in model membranes:

(a) The relaxation process is independent of the nature of glycerophospholipid polar

head group and pH, i.e., the emission spectrum position depends on the mem-

brane phase [16]. Additionally, this behavior is also observed in ether derivatives

of glycerophospholipids [33] and sphingolipid-containing bilayers [30].
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(b) Experiments in membranes composed of DMPC in D2O show slower relaxation

dynamics at and above the phase transition (higher GP value in D2O), although

the main phase transition temperature is the same with respect to that observed

for the same lipid membranes in H2O [8].

(c) Information obtained from classical polarization spectra excludes probe reori-

entation along its molecular axis as the main cause of the observed emission

shift [8].

(d) Results obtained using LAURDAN derivatives suggest that the partial charge

separation is necessary to observe the emission shift (experiments with

Fig. 3 (a) Normalized LAURDAN excitation and emission spectra in phospholipid multilamellar

vesicles displaying a so phase (continuous line), ld phase (dotted line), and so/ld phase coexistence
(dashed line). Phospholipid composition of the vesicles and the temperature of measurements are

DLPC at 40�C (dotted line), DPPC at 5�C (continuous line), and an equimolar mixtures of the two

phospholipids at 20�C; (b) Schematics of the ground (S0) and excited state (S1) energy levels in the

presence of the solvent dipolar relaxation. S1 decreases in energy as solvent dipolar relaxation

proceeds. Adapted from [8] and [37] with permission
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LAURNA and LAURMEN); also, steric hindrance to intramolecular reorienta-

tion expected for LAURISAN (which has a di-isopropilamino group in the

position 2 of the naphtalene ring) has no effect on the red shift. These

experiments point out that the molecular entity responsible for the dipolar

relaxation cannot be the fluorophore itself [8].

(e) Based on experiments performed in alcohols at very low temperature, Viard

et al. [34] proposed that depending on the relative orientation of the

dimethylamino and carbonyl groups, two states contribute to the emission of

LAURDAN: the locally excited state and charge transfer state. This model was

applied with some modifications to explore the nanosecond dynamics of

membrane-water interface in reverse micelles of AOT-water in isooctane

[35]. Although the locally excited state can be confirmed in apolar solvents

(where the lifetime and quantum yield is low), there is no clear evidence that

this state contributes to LAURDAN emission in glycerophospholipid membranes.

For example, the high quantum yield observed in membranes together with a

clear lifetime dependence on the membrane phase (~3 and 6 ns in the so and ld
phases, respectively [30]) and the lack of isosbestic point during the phase

transition demonstrate that the charge transfer state is dominant (see also point

(d) above) [8], i.e., there is one state that relaxes upon the lipid main phase

transition causing the emission spectrum shift, not an intramolecular relaxation

of the probe.

Based on novel observations obtained by two photon excitation fluorescence

microscopy (TPEFM, see Sect. 6), Parasassi et al. refined the model of water

relaxation [36]. This seminal article reported for the first time spatially resolved

information of the LAURDAN GP function in micrometer-sized (multilamellar)

vesicles, showing that the GP images obtained in ld phase membranes show a much

broader GP distribution relative to the so phase. This observation indicates the

existence of a large dynamical heterogeneity in the ld phase, unexpected to the

authors for a membrane displaying a single phase. To explain these observations

Parasassi et al. proposed a distribution of different sites (or cavities) in which the

LAURDAN molecule can reside [36]. These sites are characterized by a different

number of dynamically restricted water molecules, since the GP value is sensitive to

the water content of the membrane [37]. The average number of water molecules at

the location of the LAURDAN fluorescent moiety was estimated to be not more than

two or three [36]. Considering a Poisson distribution of these few water molecules,

the authors concluded that there is a distribution of LAURDAN environments with

no, one, two, three, etc. molecules of water. For example, for an average of two

molecules of water per cavity around the LAURDAN fluorescent moiety, the

Poisson distribution of water molecules at the different sites is 0 ! 0.135,

1 ! 0.270, 2 ! 0.270, 3 ! 0.203, 4 ! 0.090, 5 ! 0.031, and more than

5 ! 0.020, concluding that the larger the number of water molecules, the lower is

the GP, and the larger is the cavity around the probe. This model has been recently

supported by scanning-fluctuation correlation spectroscopy measurements of the

LAURDAN GP function on the scale of few pixels in single glycerophospholipid

membranes in the ld phase [38].
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The model of LAURDAN relaxation in membranes has been recently revisited

by Jurkiewicz et al. [39]. Based on time-dependent fluorescence shift measurements

complemented with molecular dynamic simulations, these authors mention that the

nanosecond relaxation times reported by LAURDAN in membranes carry informa-

tion exclusively on the mobility of hydrated lipid moieties at the level where the

probes are located and not about the dynamic of water molecules, which inter-

change or even exchange with those from bulk water on a picosecond timescale.

The author’s conclusion is based on the fact that in glycerophospholipid bilayers,

and particularly at the glycerol backbone level where the dimethylaminonaphtalene

group of the probe is located, water molecules are sparse and fully bound to lipids

(mainly to the lipid carbonyl groups). However, the D2O experiments (point (c)

above) together with the fact that a similar response of the probe emission is

observed in bilayers where the chemical environment is different at the probe’s

position (point (a), i.e., sphingomyelin, Gg3Cer, Phrenosine, sulfatide, galactosyl

ceramide [30], and DPPC and its ether derivative [33] undergoing a so to ld phase
transition), reinforce the idea that water relaxation is the main cause of the observed

probe’s emission shift.

3 LAURDAN Ground State Information

In addition to the emission spectral features of the naphthalene probes, their

absorption and excitation spectra also show the existence of different excitation

states. In polar (protic) solvents, the excitation spectra of LAURDAN (and

PRODAN) are composed of at least two bands, centered at about 350 and 390 nm

[8, 16]. The excitation band centered at 390 nm has been called the red excitation

band. The excitation spectra of LAURMEN and LAURNA in ethanol do not show

the red excitation band, suggesting that the presence of a partial charge separation

due to the carbonyl and the dimethylamino residue is a necessary condition for its

observation [8]. This excitation band at 390 nm has been interpreted as the absorp-

tion of LAURDAN molecules stabilized in a ground state La conformation by

surrounding dipoles [16]. In glycerophospholipid vesicles (independent of the

nature of the polar head group), the excitation spectra of LAURDAN are also

composed of at least two bands [15, 16]. With respect to polar solvents, the red

excitation band is particularly intense in membranes displaying a so phase

constituting the excitation spectrummaximum (Fig. 3a). In the glycerophospholipid

ld phase, the red excitation band is less intense than in the so phase and it is no longer
the excitation spectrum maximum (see Fig. 3a) [8]. Although this behavior is

general for glycerophospholipid membranes, an ether derivative of DPPC

(DHPC) and the sphingolipid sphingomyelin behave differently [33]. Specifically,

the dominant red excitation band observed in glycerophospholipids in the so phase
gradually decreases in the order DPPC > DHPC > sphingomyelin, suggesting that

the stabilization of ground state La conformation responds differently to changes in

the chemical groups present in the vicinity the probe. In other words, this band is
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responsive to the presence of ester (DPPC), ether (DHPC), or amide linkages

(sphingomyelin), consistently with the location of the probe in the bilayer (~ 10 Å

from the center) [33]. For other sphingolipids forming bilayers (Gg3Cer,

Phrenosine, sulfatide, and galactosyl ceramide) the same trend is observed as in

sphingomyelin-containing membranes, i.e., the red band is not the excitation maxi-

mum. However, in those sphingolipids forming micelles (gangliosides), the red

excitation band is somehow stabilized and constitutes the excitation maximum

below their phase transition [30, 31]. Interestingly, this stabilization of the

LAURDAN red excitation band in micelles below their main phase transition is

accompanied with a highly relaxed emission spectrum, completely the opposite to

that observed in glycerophospholipids [30, 31]. This behavior may be due to the

presence of a different environment in the vicinity of the probe with respect to

bilayers, influencing the stabilization of the probe ground state [33].

4 LAURDAN Generalized Polarization Function

The Generalized Polarization (GP) function was proposed by Parasassi et al. in

1990 [15] to introduce an analytical method to quantitatively determine the relative

amount of so and ld phases when they coexist in a model membrane and to study

their temporal fluctuations. The GP function was originally defined as:

GP ¼ IB � IR
IB þ IR

(1)

where IB and IR are the measured fluorescence intensities under conditions in which

a wavelength (or a band of wavelengths) B and R are both observed using a given

excitation wavelength. This definition corresponds to the classical fluorescence

polarization definition [40] if B and R represent two different orientations of the

observation polarizers. The advantage of the GP for the analysis of the spectral

properties of LAURDAN is related to the well-known properties of the classical

polarization function, which contains information on the interconversion between

different “states.” In the classical polarization definition the “states” correspond to

different orientations of the emitting dipole with respect to the laboratory axis. In

the GP function the condition of interconversion between two states a and b, i.e.,
unrelaxed and relaxed, has been linked respectively to the extent of solvent relaxa-

tion observed in the so and ld phases in glycerophospholipid membranes, respec-

tively [15, 16]. The general expression for the decay of a two state system can be

written in the following way [15]:

aðtÞ ¼ a1e
�m1t � a2e

�m2t (2)

bðtÞ ¼ b1e
�m1t � b2e

�m2t (3)
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a1 ¼ a0ðka � m2Þ � b0kab
m1 � m2

(4)

a2 ¼ a0ðka � m1Þ � b0kab
m1 � m2

(5)

b1 ¼ b0ðkb � m2Þ � a0kba
m1 � m2

(6)

b2 ¼ b0ðkb � m1Þ � a0kba
m1 � m2

(7)

m1;m2 ¼ 1

2
ka þ kb �

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

ðka � kbÞ2 þ 4kabkba

q

� �

(8)

where a(t) and b(t) represent the fluorescence emission from state a (unrelaxed) and
b (relaxed), ka and kb are the decay rates of the decays a and b, a0 and b0 are the

initial excitation state for the a and b states, respectively, and kab and kba the

interconversion rates from state a to b and vice-versa (the forward and backward

relaxation rates, respectively). The model assumes that the total emission is a linear

combination of the decays a(t) and b(t) given by the superposition of two charac-

teristic spectra.

These authors considered B(t) and R(t) to be the total intensity decay observed

under the observation conditions B and R. In the case of LAURDAN, these two

conditions correspond to observations in the blue and red parts of the emission

spectra. By analogy to the classical fluorescence polarization function, these

conditions correspond to the use of vertical and horizontal polarizers (however, in

this case two emission filters are used):

BðtÞ ¼ BaðtÞ þ ð1� BÞbðtÞ (9)

RðtÞ ¼ RaðtÞ þ ð1� RÞbðtÞ (10)

Here, B and R correspond to the relative observation of state a(t) in the blue and
red part of the emission spectrum, respectively. This assumes that B and R have

values between 0 and 1 because they represent relative fractional intensities. Three

expressions for the GP have been defined according to Eq. 1, i.e., steady state GP,

time-resolved GP, and time zero GP [15], respectively, as:

GPh i ¼ Bh i � Rh i
Bh i þ Rh i (11)

GPðtÞ ¼ BðtÞ � RðtÞ
BðtÞ þ RðtÞ (12)
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GP0 ¼ B0 � R0

B0 þ R0

(13)

By replacing Eqs. 9 and 10 in the definition of GP an expression can be obtained

where the details of how the system is observed (left side of Eq. 14) are separated

with parameters that represent the behavior of the physical system [15, 16]:

B� R

GP
� ðBþ RÞ ¼ 2bðtÞ

aðtÞ � bðtÞ (14)

By considering B and R to be the parallel and perpendicular observation

conditions and considering a(t) and b(t), respectively, the intensity decays in

these two conditions, the equation for the classical polarization function can be

retrieved (see [15] for more details). Therefore, the GP function satisfies several

important properties of the classical polarization function, in particular Weber’s

law of addition [41] and the Perrin equation [40].

By replacing Eqs. 2–8 in Eq. 14 [15, 16] an expression for the GP directly in

terms of the physical constants (Eq. 15 below) is obtained. The expression for the

steady state GP is then:

B� R

GPh i � ðBþ RÞ ¼ 2ðb0 þ kab
ka
Þ

a0
kb
ka
� b0 þ kba

ka
� kab

ka

(15)

It is reasonable to assume that ka ¼ kb (the intrinsic decay rates are equal) and

that kba ¼ 0 (the backward relaxation rate), i.e., the decay rate is independent of the

relaxation process and the back reaction is slow. After these assumptions Eq. 15

reduces to:

B� R

GP
� ðBþ RÞ ¼ 2ðb0 þ kab

ka
Þ

a0 � b0 � kab
ka

(16)

From this expression it is interesting to see that it is the ratio kab/ka that

determines the modalities of the relaxation process and the GP value. Parasassi

et al. analyzed three particular limiting cases in the context of this definition [16]:

1. kab > > ka, fast relaxation or long lifetime value of the probe. In this case the

GP value depends only on the spectral emission properties of the unrelaxed state

at the wavelength of excitation, i.e., on B and R and not on the relaxation process

of the solvent.

2. kab < < ka, slow relaxation or short lifetime value of the probe. The GP depends

also on the relative absorption of both the relaxed and unrelaxed state at the

wavelength of excitation. If no relaxed state is excited (b0 ¼ 0), then there

should be no dependence of the GP value on the excitation wavelength because

a0 ¼ 1.
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3. kab ¼ ka, the GP value also depends on the dynamic properties of the solvent

that relaxes the probe’s excited state.

Condition 2 satisfies what is observed in membranes displaying so phase whereas
condition 3 reflects what is observed in a ld phase [16].

5 Fluorescence Spectroscopic Measurements in Bulk

Originally the GP function was defined to introduce an analytical method to

determine both the relative amount of so and ld phases and their temporal

fluctuations when they coexist in a model membrane [15, 16]. This strategy has

been applied, however, to systems other than exclusively lipid membranes. For

example, many studies have made use of the LAURDAN GP approach to dissect

membrane interactions in bulk with peptides, proteins, or other ligands, as well to

investigate natural membranes (e.g., bacteria, mammalian cells), see, e.g.,

[22, 42–45]. Since space restrictions do not allow a review of the over 330 papers

reported, this section will describe two general strategies involving bulk GP

experiments: (i) measurements of membrane phase transitions and (ii) detection

of phase coexistence in membranes. Particularly, the characteristics of the (emis-

sion and excitation) LAURDAN GP spectra to detect phase coexistence will be

discussed for membranous aggregates containing glycerophospholipids, sphin-

golipids, and their mixtures with cholesterol. This will provide a general idea of

the potentialities and limitations of the technique to obtain relevant information

about membrane structure and dynamics.

5.1 Measurements of Phase Transitions

Several studies by Parasassi and collaborators focused on membranes composed of

single glycerophospholipids species, their mixtures as well as mixtures containing

cholesterol [15, 16, 29, 32, 37, 43, 46–48]. From these studies, and especially for

single glycerophospholipid components, the lipid main phase transition tempera-

ture (so to ld) can be easily detected by measuring the GP function versus tempera-

ture [15] (see DPPC in Fig. 4a). Also, by adding cholesterol to the system the very

well-known decrease in the cooperativity and abolishment of the glyceropho-

spholipid main phase transition can also be observed [47].

The characterization of the spectroscopic properties of LAURDAN, including the

ability of the GP function to detect phase transitions in a series of sphingolipids and

their mixtures with glycerophospholipids, were reported by Bagatolli et al. [30, 31].

These studies showed that the extent of relaxation detected by the probe was strongly

influenced by the nature of the sphingolipid polar head group. For some of these

lipids, particular those forming bilayers, e.g., Gg4Cer, Gg3Cer, Phrenosine, sulfatide,
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Fig. 4 LAURDANGP dependence with the temperature in membranes. (a) DPPC (black circles);
Sulfatide (triangles), Phrenosine (squares), GalCer (open circles), Shingomyelin (inverted
triangles) Gg4Cer (diamonds), and Gg3Cer (hexagons); (b) GT1b (triangles), GD1a (squares),
GM1 (circles), GM2 (inverted triangles), and GM3 (diamond). The main phase transition tempera-

ture was calculated using ∂2GP/∂T2. Adapted from [30] with permission
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GalCer, and sphingomyelin, the GP function shows a characteristic so to ld phase

transition at particular temperatures that depend on the lipid studied (Fig. 4a).

However, in glycosphingolipids that have a bulky sugar-based polar head group

(e.g., the gangliosides GM1, GD1a, GT1b) the response of LAURDAN is different.

Gangliosides form micelles and in this type of structure the GP values measured

below and above the lipid main phase transition temperature (detected by differential

scanning calorimetry) are very low and invariant with respect to that observed in

bilayers (with the exception of GM2), see Fig. 4b [30, 31]. This lack of sensitivity is

consistent with the probe experiencing a highly relaxed environment below and

above the micelle phase transition, i.e., a highly curved and hydrated interface [49]

compared to that observed in bilayers. In the study of this sphingolipid series, a linear

dependence between the GP function and the intermolecular spacing among these

lipids (measured at 30 mN/m in monolayers) was reported for both neutral and

anionic species, Fig. 5 [30]. This finding strongly supports the correlation between

water content/dynamics with the response of the GP, i.e., LAURDAN resides in

cavities containing different amounts of associated water in the membrane [30, 31]

(Sect. 2).

Fig. 5 Variation of LAURDAN GPex with the calculated intermolecular distance (measured in

monolayers) of anionic GSLs (filled symbols) and neutral GSLs and phospholipids (empty
symbols). Neutral lipids: GalCer (a); DPPC below (b), and above (b’) the transition temperature;

Gg3Cer (c); Gg4Cer below (d) and at (d’) the transition temperature. Anionic lipids: Sulf (1); GM3

below (2), and above (2’) the transition temperature, GM2 (3); GM1 (4); GD1a (5); GT1b (6). Adapted

from [30] with permission
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5.2 Detection of Phase Coexistence in Membranes

By measurements of time-resolved emission spectra, Parasassi et al. demonstrated

that in DLPC/DPPC mixtures phase separated domains (so and ld) exist in the

membrane [29]. The authors estimated domain dimensions of ~20–50 Å and

measured domain fluctuations with kinetics of ~25 ns [37]. By applying the additive

property of the GP function [16, 29], the fractions of the two coexisting phases were

obtained, concluding that the characteristic of the so and ld phases for pure

components is somehow modified when these phases coexist (i.e., total lipid

immiscibility is not present in the mixture) [29].

Parasassi et al. [16] presents a strategy to ascertain phase coexistence in

membranes from bulk steady state fluorescent measurements. This was based

on the particular response of LAURDAN emission and excitation spectra to the

phase state (so, ld or so/ld phase coexistence) of glycerophospholipid-containing
membranes. These authors showed that the (excitation or emission) wavelength

response of the GP function provides a fingerprint to discriminate among different

membrane phase state scenarios [16, 37, 47]. Two GP spectra are considered in this

strategy, the excitation GP (GPex) and emission GP (GPem).

The GPex spectrum is sensitive to processes occurring in the probe’s excited state

[16, 47]. In order to obtain a GPex spectrum the excitation spectra of LAURDAN

are measured at two fixed emission wavelengths (440 and 490 nm) and the GP

calculated at each excitation wavelength according to Eq. 1 (IB is the intensity at

440 nm and IR the intensity at 490 nm). In glycerophospholipid membranes in the so
phase the GPex spectrum is independent of the excitation wavelength, since no

relaxation occurs. However, in the ld phase the response is different. One of the

characteristics of the dipolar relaxation process is that by exciting in the blue part of

the excitation spectrum, molecules with an energetically unfavorable ground state

(surrounded by randomly oriented dipoles) are photoselected. As a consequence, by

moving the excitation toward the blue, more blue emitting molecules are excited.

Since the GPex value depends on the difference between the emission intensities at

440 and 490 nm, when relaxation occurs (as it happens in the ld phase), higher GP
values are expected at shorter excitation values, i.e., the slope of the GPex spectrum

is negative, Fig. 6 [15, 16, 47]. When the membrane displays so/ld phase coexis-

tence the GPex spectrum shows a positive slope [16], since there are relaxed and

unrelaxed states coexisting in the membrane. Particularly, the unrelaxed state

contributes to the red region of the excitation spectrum (see Sect. 2) and in the

blue side of the emission spectrum, increasing the GP value at longer excitation

wavelengths, Fig. 6 [37].

A similar analysis can be performed by measuring the response of LAURDAN

along the emission wavelength when two excitation wavelengths are used, i.e.,

using the GPem. This parameter is calculated using two wavelengths of excitation,

410 nm and 340 nm that correspond to IB and IR, respectively, in Eq. 1 [16, 37, 47].

The GPem spectrum responds to processes occurring in the probe’s ground state.

Similar to the GPex spectrum, its behavior in the so phase is invariant with

LAURDAN Fluorescence Properties in Membranes: A Journey from the Fluorometer. . . 19



wavelength since no relaxation occurs in the membrane (see Fig. 6). However, the

GPem spectrum responds opposite to the GPex spectrum both in the ld phase and

when so/ld phases coexist. If the membrane is in the ld phase, excitation at 340 nm

slightly selects LAURDANmolecules with energetically unfavorable orientation of

the surrounding dipoles, i.e. only a small fraction of the probe’s population relax

[15, 16, 37]. On the contrary, excitation at 410 nm preferentially selects

LAURDAN molecules mostly surrounded by favorably oriented dipoles, which in

the ld phase will show a relaxed emission. Consequently, by observing the red

emission at 490 nm, higher intensity will originate from the 410 nm’s excitation

band. By observing the emission toward the blue, the intensity arising from 410 nm

excitation will decrease and so will the GPem values; i.e., the slope is positive

(Fig. 6) [16, 37, 47]. When the membrane displays so/ld phase coexistence the GPem
spectrum shows a negative slope, since the contribution of the unrelaxed state

dominates at shorter emission wavelengths (see Fig. 6).

Different to glycerophospholipids, the LAURDAN excitation red band is not a

maximum in sphingolipids forming bilayers in the so phase (Sect. 2) [30, 33]. This
has important consequences in the behavior of the GPex and GPem spectra, i.e.,

under these conditions the wavelength dependence of both GPex and GPem spectra

is affected and becomes insensitive to phase coexistence [30, 33]. In experiments

with gangliosides a similar insensitivity to phase coexistence in the GPex and GPem
spectra is observed although the reasons are different. In this last case the excitation

red band is a maximum below the phase transition temperature but the probe’s

emission spectrum observed at the same conditions is already red shifted (the

probe is relaxed) [30, 31]. Taking into account the GP spectra response in

sphingolipids, caution is recommended if the LAURDAN GP spectra are used

to ascertain membrane phase coexistence, particularly for lipids other than

Fig. 6 Laurdan GPex and GPem spectra obtained in phospholipids in different phase scenarios.

GPex spectra were calculated by GP ¼ (I440 – I490)/(I440 + I490), using excitation wavelengths

from 320 to 420 nm. GPem spectra were calculated by GP ¼ (I410 – I340)/(I410 + I340), using

emission wavelengths from 420 to 550 nm. Adapted from [37] with permission
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glycerophospholipids or membranes with complex composition. It is highly

recommended in these cases to perform a detailed characterization of the probe’s

excitation and emission spectra. For example, bulk measurements of LAURDAN

GP spectra failed to detect domain coexistence in different mammalian cell

membranes [43]. Assuming that membrane heterogeneity exists, this failure may

very well be due to the inherent response of the probe to the complex membrane

composition existing in the cells. Alternatively, this insensitivity may also be

connected to the particular spectroscopic response of LAURDAN to lipid

membranes containing cholesterol discussed below.

5.3 Cholesterol Effects

It is of particular interest to discuss the effect of the incorporation of cholesterol into

model membranes on the fluorescent properties of LAURDAN. This effect has been

extensively characterized by Parasassi et al., particularly in glycerophospholipid

membranes [46–48]. As mentioned above (Sect. 5.1), the evolution of the GP function

with temperature reflects the very well-known effect of cholesterol on the glyceropho-

spholipid main phase transition, i.e., the transition is gradually abolished as the

cholesterol molar fraction is increased.

Depending on the initial phase state of the membrane cholesterol distinct effects

are produced on the LAURDAN fluorescence excitation and emission spectra. First,

as cholesterol concentration is increased in membranes displaying ld phase, a blue

shift is observed in the probe’s emission spectrum together with an increase in the

intensity of the red excitation band. This effect causes an increase in the GP values

(both emission and excitation), interpreted as a decrease in the extent of relaxation

processes in the membrane, which is consistent with the formation of a liquid ordered

(lo) phase [46, 48, 50]. Second, upon cholesterol addition to membranes displaying a

so phase, the LAURDAN emission spectrum experiences a small blue shift and the

excitation spectrum experiences a slight decrease in the intensity of the red excitation

band. These observations are indicative of a less polar (dehydrated) environment [37,

47, 48]. Finally, when cholesterol is incorporated in a membrane displaying so/ld
phase coexistence (e.g., DLPC/DPPC) a similar effect to that described above for the

ld phase was reported [37, 47]. Particularly, above 10 mol % cholesterol the coexis-

tence of so/ld domains observed for DLPC/DPPC is no longer detected in the GPex
and GPem spectra [47], i.e., no separate LAURDAN emission signals characteristic of

so and ld domains are apparent (Fig. 7). Under these conditions the behavior of the GP

spectra correspond to a homogeneous ld phase, despite the absolute GP values being

relatively high and closer to that observed in the so phase [43]. This intermediate

feature can be associated to the gradual formation of a lo phase. Parasassi et al.

proposed that cholesterol causes the decrease in both polarity and dipolar relaxation

in the neighborhood of LAURDAN’s naphthalene moiety [48]. Additionally, these

authors reported on particular cholesterol concentrations (at about 5, 10, 15, 30, and

45 mol % with respect to glycerophospholipids) at which abrupt variation of the
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membrane properties can be observed using the GP function. They proposed that the

formation of ordered molecular microdomains at critical cholesterol concentrations

can explain the occurrence of this observed discontinuities. These concentrations are

in partial agreement with experimental measurements in similar systems using other

probes [51] and theoretical calculations of a hexagonal superlattice structure formed

by phospholipids and a host molecule [52].

Comparative studies in the presence and absence of cholesterol were also

reported by Bagatolli et al. using complex glycosphingolipid aggregates [30].

Upon addition of cholesterol to the glycosphingolipid asialo GM1 (Gg4Cer),

the fluorescence behavior of LAURDAN was similar to that of pure cerebrosides

Fig. 7 LAURDAN GPex (a) and GPem (b) spectra obtained in the equimolar DLPC-DPPC

mixture at various cholesterol concentrations, at 1�C and at 65�C. The percent values represent

mol% of cholesterol in phospholipids. Adapted from [47] with permission
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and sphingomyelin bilayers suggesting a decrease in the water content of Gg4Cer

membranes. Gangliosides (GM1, GD1a, and GT1b) micelles – that show a high extent

of relaxation compared to the sphingolipids forming bilayers – also showed a very

significant augment in their GP values upon addition of cholesterol [30, 31]. These

observations were attributed to a cholesterol-dependent interfacial dehydration due

to changes in the shape and size of the micelles [30].

6 Spatially Resolved Information in Membranes

One of the limitations of the classical “cuvette” studies is the measurement of an

“average” or bulk parameter. In LAURDAN experiments, the GP values measured

in bulk correspond to the sum of the different relative contributions existing in the

sample (because of the additive property of the GP discussed in Section 4). In 1996,

Yu et al. presented the first measurement of the GP function in cellular systems

using TPEFM [53]. This strategy permits mapping the spatial distribution of the GP

function (limited of course by the resolution of the microscope), allowing to

disentangle the different contributions of the GP in the specimen. A year later

Parasassi et al. report on application of the GP images in multilamellar vesicles

composed of glycerophospholipids and cells [36]. Two years later Bagatolli and

Gratton start the characterization of the GP in giant unilamellar vesicles composed

of different lipids and their mixtures [27, 28, 54, 55]. All these experiments were

key to further characterize the behavior of LAURDAN in membranes.

Acquisition of GP images in the microscope requires a dichroic mirror coupled to

a two channel detection setup equipped with adequate band-pass filters. This hard-

ware is necessary to split and select the two different fluorescent intensities (IB and IR,

see Eq. 1) necessary to compute the GP. Additionally, since two channels are used

a calibration is required in the system using a G factor (described in [56]). The use

of laser scanning multiphoton excitation flourescene microscopy showed high

improvements in the acquisition of GP images comparing with one photon excitation

wide field fluorescence microscopy systems, i.e., the overall high photobleaching

effect observed in the latter case (using UV excitation sources) is largely reduced by

the use of multiphoton excitation microscopy [36, 53, 54]. Recently, however, some

reports indicates that it is possible to perform LAURDAN GP measurements using

one photon excitation wide field illumination [57, 58], opening a more accessible

(economically) alternative to acquire LAURDAN GP images.

6.1 LAURDAN GP Imaging in Free Standing Bilayers

Fluorescence microscopy experiments using giant unilamellar vesicles (GUVs)

composed of distinct lipid mixtures further advanced understanding of lateral

phase separation in membranes. Using LAURDAN-labeled GUVs and TPEFM,

direct information on local membrane packing can be easily obtained for
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membranes displaying coexisting domains at the level of single vesicles [59, 60].

This is in part possible because of the sensitivity of LAURDAN to solvent relaxa-

tion and the even partition of the probe in membranes displaying phase coexistence.

The LAURDAN GP imaging approach is superior to other similar confocal

fluorescence microscopy strategies, which use pairs of lipophilic probes that pref-

erentially partition to each of the coexisting membrane regions. Particularly, it has

been demonstrated that partition of these probes depends on the chemical nature

of the domains, i.e., probe partition is not necessarily phase specific [59–61]. In

this case additional experiments must be performed besides imaging to obtain

local information on domain packing [62] (e.g., diffusion coefficient measurements

of the probe using FCS). These additional experiments are not needed for

LAURDAN [59].

The effects of temperature on the lateral structure of LAURDAN-labeled GUVs

composed of pure phospholipids and their different mixtures were first reported in

1999 and 2000 [27, 28, 63]. Micrometer-sized domains with so character,

surrounded by membrane regions corresponding to a ld phase, where observed at

particular temperatures depending on the lipid mixture. These domains spanned the

bilayer, demonstrating inter leaflet coupling in the membrane [27, 28]. Addition-

ally, the experiments showed that generation of micrometer-sized domains in

bilayers was possible, disproving the general assumption of nanometer-sized

domains in those lipid mixtures. In one of these studies a correlation between

domain shape and lipid miscibility was reported for binary mixtures of different

phospholipids displaying so/ld phase coexistence [27].
The same strategy was implemented to explore the effect of cholesterol in lipid

mixtures. Particularly, the lateral structure of canonical raft mixtures (DOPC/

sphingomyelin/cholesterol) was first visualized in free standing bilayers using

LAURDAN and TPEM [55]. For this mixture, the coexistence of two liquid phases

(lo/ld) was described, characterized by the presence of round micrometer-sized

domains (that supports the idea of fluid immiscibility in the membrane) and

LAURDAN GP values intermediate to those observed for the so/ld case.
The information gathered using LAURDAN and TPEFM in several lipid

mixtures (including lipopolysaccharides, other sphingolipids and their mixtures

with glycerophospholipids and cholesterol [64–67]) has aided in the characteriza-

tion of distinct phase coexistence regimes, providing particular structural

signatures for lateral phase separation phenomena in membranes. Figure 8

compares the so/ld and lo/ld phase coexistence scenarios as revealed by

LAURDAN. At a first glance it can be observed that the shapes of the domains

are quite different between these two phase coexistence regimes. Particularly for

the so/ld phase coexistence a number of options are possible for the shape of the

so domains [27, 28, 54, 64, 65]. Second, the coexistence of lo/ld phases show a

clear reduction in the GP differences between the coexisting domains compared

to that found in the so/ld phase coexistence [28, 55]. Finally the probe’s

photoselection effect (see Sect. 6.2 below) is much more prominent in the so
phase compared to that observed in the lo phase, confirming the fluid character of

the latter. The LAURDAN GP imaging approach has been also successfully
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applied to the study of lateral structure in compositionally complex membranes

such as skin stratum corneum lipid membranes [68, 69], lung surfactant [70, 71],

and red blood cells [72].

Beside the structural information described above, a combination of imaging and

fluctuation techniques using LAURDAN has been used recently to investigate the

temporal evolution of domains in membranes [73]. These experiments are based on

the very particular spectroscopic properties of LAURDAN and the even distribu-

tion of the probe in membranes displaying phase coexistence. Specifically, the

temporal evolution of so phase domains was reported at the onset of phase separa-

tion using GUVs composed of a binary mixture of DPPC/DLPC 1:1 [73]. The data

acquired at temperatures immediately above the transition temperature of these two

lipids showed fluctuations in the lipid organization with a lifetime <0.1 s and a

characteristic length of 1.2 mm [73]. This study also found that just below the ld to
ld/so phase transition of the DPPC/DLPCmixture, coupling between the two leaflets

of the bilayer was observed to begin within the first 5 min after the onset of phase

separation. However, this study also found that domains confined to only one leaflet

can be found during the first 45–50 min after the onset of phase separation [73].

Fig. 8 Two photon excitation LAURDAN fluorescent images (taken at the polar region of the

vesicle) and LAURDAN GP images (taken at the equatorial region of the vesicle) of DOPC/

Cholesterol/Sphingomyelin 1:1:1 mol displaying lo/ld phase coexistence (left panel, indicated in

the figure as fo and fd, respectively) and DPPC/DPPE 3:7 mol displaying so/ld phase coexistence
(right panel, indicated in the figure as gel and fluid, respectively). The bar corresponds to 20 mm.

Adapted from [59] with permission
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Finally, studies using scanning-fluctuation correlation spectroscopy were also used

to detect subresolution organizational fluctuations in membranes composed of

different single lipid species displaying ld phase. This was achieved by measuring

fluctuations of the LAURDAN GP function on the scale of few pixels (50 nm pixel)

[38]. The calculated GP pixel variance showed an abrupt change at the membrane

phase transition that decreases slowly at higher temperatures. The relatively large

variance of the GP indicates that the ld phase is quite heterogeneous, even at several
degrees higher than the phase transition temperature. This result was interpreted as

evidence of an underlying microscale structure of the membrane in which water is

not uniformly distributed at the micron scale [38]. Interestingly, the statistical and

fluctuation analysis of the GP data shows that even such simple lipid systems are

capable of generating and maintaining stable structural and organizational

heterogeneities [38].

6.2 LAURDAN Photoselection Effect

The photoselection effect arises from the fact that only those fluorophores which

have electronic (absorption) transition moments aligned parallel or nearly so to the

plane of polarization of the excitation light are excited, i.e., the excitation efficiency

is proportional to the cosine to the fourth power (because of the two photon

excitation absorption) of the angle between the transition moment of the probe

and the polarization plane of the excitation light. If circularly polarized excitation

light (confined to the x-y plane) is used, different excitation efficiencies (in a given

vertical section) are observed in a spherical vesicle. This effect depends on the

position of the probe’s transition moment relative to the plane of polarization of the

excitation light (Fig. 9a). At the equatorial region of the vesicle the circularly

polarized excitation light allows excitation of all LAURDAN molecules with the

same efficiency, independent of the lipid phase scenario present in the vesicle (one

single phase or phase coexistence), i.e., the probe’s electronic transition moment is

always parallel to the polarization plane. This allows calculation of the GP without

the influence of the photoselection effect (as seen in Fig. 9b for coexistence of so/ld
and lo/ld phases). Instead, at the polar region of the vesicle the dominant signal is

that coming from the more fluid part of the bilayer (Fig. 9c). This effect is dictated

by the fact that a component of LAURDAN’s electronic transition moment is

always parallel to the excitation polarization plane (the because of the relatively

low lipid order). This last phenomenon does not take place in the so phase because
the high lipid lateral order precludes the wobbling movement of LAURDAN,

Fig. 9c.

In the case of lo/ld phase coexistence, a component of LAURDAN’s transition

moment (parallel to the excitation light polarization plane) will be present in both

phases at the polar region of the GUV, allowing collection of the fluorescence

signal from these two regions. Particularly, the lo phase shows a lower impact of the

photoselection effect compared to so phase regions (compare Fig. 9 panels c and d).
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Interestingly, the photoselection effect per se allows qualitative information about

lipid phases directly from the intensity images [59] and the spatial orientation of the

fluorophores in the membrane [28].

LAURDAN GP images obtained at the GUV’s equatorial region using linearly
polarized excitation light can be exploited to obtain information about the coexis-

tence of lipid domains with sizes below the resolution of the microscope (the radial

resolution of the microscope is ~300 nm) [36, 63, 74, 75]. When the lipid domain

size is smaller than the image pixel the size of these domains cannot be resolved in

the image. However, each pixel of the image contains this information. Since

linearly polarized light, which photoselects appropriately oriented LAURDAN

molecules, also selects LAURDAN molecules associated with high GP values,

Fig. 9 The photoselection effect is dictated by the relative orientation of the LAURDAN

electronic transition moment with respect to the polarization plane of the excitation light. The

last is also influenced by the lipid bilayer phase state. (a) Sketch of the GUV and the position of

the LAURDAN electronic transition moment; (b) the photoselection effect do not operate in the

equatorial region of the GUV independent of the phase coexistence scenario (notice that lo/ld and
so/ld are indicated in the figure as fluid ordered/fluid disordered and gel/fluid, respectively); (c) so/ld
phase coexistence observed at the polar region of the GUV composed of Ceramide/POPC 1:5 mol

(fluorescence intensity and GP); notice the strong photoselection effect observed in the so phase
with respect to the ld phase; (d) lo/ld phase coexistence observed at the polar region of the GUV

(fluorescence intensity and GP) composed of DOPC/SM/cholesterol 1:1:1 mol. The photoselection

effect in the lo phase is less pronounced to that observed in the so phase (compare c and d). Adapted

from [59] with permission
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pixels with high and low GP values can be discriminated. In other words, if the

membrane displays phase coexistence with domains below the microscope resolu-

tion, the image will contain separate domains (pixels) of different GP value, i.e., the

higher GP value domains will appear parallel to the orientation of the polarized

excitation light and not in the perpendicular direction [36, 63, 74, 75]. This effect

was used to ascertain lipid domain coexistence in GUVs composed of single

phospholipid species [63] and multilamellar vesicles composed of binary mixtures

of glycerophospholipids, including some intact cell membranes [36]. For a detailed

description of the use of LAURDAN GP images to ascertain lipid domains below

the microscope resolution the reader is encouraged to explore the following

references [36, 63, 74, 75].

6.3 LAURDAN GP Imaging in Planar Supported Membranes
and Langmuir Films

Most of the fluorescence microscopy studies reported on planar membranes focus

on measurements of fluorescence intensity of a particular selection of probes with

almost no practical combinations of spatially resolved fluorescence spectroscopic

parameters (such as lifetime, polarization, or emission spectral shift). Recently,

LAURDAN GP measurements have been done in planar supported bilayers com-

posed of DOPC/DPPC [76]. The results show that lipid packing structure within so
domains is heterogeneous and the domains display orientational texture [76].

Although the LAURDAN GP is uniform within the so domains, multiphoton

excitation fluorescence polarization microscopy measurements using LAURDAN

(whose emission intensity is sensitive to the tilt of the probe with respect to the

plane of the membrane) are able to detect the lipid domain texture (see Fig. 10). The

phenomenon of orientational texture adds a new level of complexity to the structure

of condensed membrane areas. Correlations with similar textures in Langmuir

monolayers and liquid crystals indicate that the so-called hexatic phase might be

the proper designation for the phase state of certain condensed so domains observed

in lipid bilayers. Whether or not this texture is biologically relevant is still an open

question. Although very speculative, this situation may be relevant, e.g., in the case

of skin stratum corneum lipid membranes, where coexistence of solid-like domains

has been reported to exist at skin physiological temperatures [69].

This type of approach has been recently applied to other planar membrane

models, i.e., phospholipid monolayers at the air/water interface, i.e., Langmuir

films [56]. Unlike other probes LAURDAN partitions evenly in monolayers and

bilayers and the coexisting domains are distinguished by different emission

properties of the probe that in turn depends on local lipid packing (see Fig. 11) [59].

The fact that LAURDAN exhibits a homogeneous distribution in monolayers,

particularly in systems displaying domain coexistence, overcame a general problem

observed when “classical” fluorescence probes are used to label Langmuir films,
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i.e., the inability to obtain simultaneous information from the two coexisting membrane

regions. Also, the photoselection effect discussed above (Sect. 6.2) allows: (i) to

qualitatively infer tilting information of the monolayer when liquid-condensed phases

are present and (ii) to provide high contrast to visualize 3D membranous structures at

the film’s collapse pressure. In the latter case, computation of the LAURDAN GP

function provides information about lipid packing in these 3D structures [56]. Addi-

tionally, LAURDAN GP values upon compression in monolayers were compared to

those obtained in compositionally similar planar bilayer systems. A correspondence

between the GP was observed between monolayers and bilayers when the monolayers

exist at ~28 mN/m [56], in agreement with theoretical predictions [77].

6.4 LAURDAN Measurements in Cells and Tissues

From the pioneering work of Yu et al. and Parasassi et al. [36, 53], LAURDAN was

proposed to be a promising tool in exploring cell membranes. In these studies,

domains of sizes below, in the same range, and above the microscope resolution

limit (0.3 mm radial) were observed in OK cells, red blood cells, and brush border

native membranes, respectively [36, 53]. The LAURDAN GP differences observed

in compositionally complex mixtures and artificial lipid ternary mixtures con-

taining phospholipids, sphingomyelin, and cholesterol were used to interpret

LAURDAN GP images in cellular membranes [78]. In this work the LAURDAN

GP function was used to directly observe transient micron size high GP regions

surrounded by low GP areas in living macrophages. This result supports the

presence of membrane lateral heterogeneity in cellular membranes under in vivo

conditions. Similarly, LAURDAN GP imaging was performed in cells exposed to

Fig. 10 (a) so/ld phase coexistence in a binary supported membrane (DOPC/DPPC 1:1 mol on a

mica substrate) observed using LAURDAN GP imaging [76]. The flower shape domain shows a

higher GP value compare to the surroundings which indicates a higher membrane lateral packing.

(b) Orientational texture of a so domain revealed by two photon excitation fluorescence polariza-

tion microscopy. The colors in (b) represent the direction of the molecular tilt of the lipid acyl

chains and are obtained by image processing of the image sequence in a 360� polarization scan

[76]. Adapted from [83] with permission.
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Shiga toxin [79], which induces tubular membrane invaginations for its uptake into

cells. LAURDAN measurements were interpreted to support lipid reorganization

(reflected in an increase in the abundance of ordered domains in the cell, i.e., higher

GP) an effect claimed necessary for the formation of inward membrane tubules [79].

Fig. 11 Surface pressure/area isotherm for the compression of a DPPC monolayer at room

temperature (21 �C) (left). Representative LAURDAN fluorescence intensity (blue and green
channels) and GP images of a DPPC monolayer at different surface pressures (a–e) (right). The
blue and green intensity images have the same fluorescence intensity scales and are represented in

false colors. The pressures indicated in the images are: (a) 3.8 mN/m (average GP value is�0.58),
(b) and (c) 8.8 mN/m (average GP value in liquid-expanded and liquid-condensed phases are

�0.32 and 0.44, respectively), (d) 30 mN/m (average GP value is 0.55), (e) 70 mN/m (average GP

value is 0.62). At the collapse pressure the gain of the detectors has been reduced to avoid

saturation on the high fluorescence intensity areas, i.e., the collapsed structures. For such reason

the GP values shown in (e), except those obtained in the collapse areas, are meaningless. Adapted

from [56] with permission
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Finally, LAURDAN GP imaging has been also applied to tissues. Sun et al. [80]

have demonstrated that both LAURDAN multiphoton polarization and GP can be

combined using a TPEFM to characterize the structural changes of intercellular

lipids in skin tissue. This work showed how treatment with oleic acid increases

water dipolar relaxation in the skin stratum corneum membranes [80]. A similar

strategy using LAURDAN GP has been reported in order to characterize membra-

nous structures in pig skin [81] and perform a comparative evaluation between lipid

stratum corneummembranes of normal human skin and acquired cholesteatoma [82].

7 Concluding Remarks

The particular fluorescent properties of LAURDAN allow the study of structural

and dynamical aspects of membranes, providing both valuable bulk and spatially

resolved information. Particular membrane model systems (such as multilamellar

vesicles, large unilamellar vesicles, giant unilamellar vesicles, and planar mem-

brane systems) can be exploited to mimic processes that occur in the complex

framework of biological membranes. The journey from the cuvette to the micro-

scope has been an important step to better understand supramolecular properties of

lipid membranes using this probe. It has allowed to link knowledge gained from

compositionally very simple situations, where bulk information is easy to interpret,

to compositionally more complex lipid mixtures where spatially resolved informa-

tion is essential to disentangle (supramolecular) processes occurring in the mem-

brane. As discussed in the last part of this review, the spatially resolved information

(both structural and dynamical) obtained using LAURDAN provides a powerful

tool to study membrane phenomena in even more complex systems such as cellular

membranes and tissues.
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Application of NBD-Labeled Lipids

in Membrane and Cell Biology

Sourav Haldar and Amitabha Chattopadhyay

Abstract The fluorescent NBD group has come a long way in terms of biological

applications since its discovery a few decades back. Although the field of fluores-

cently labeled lipids has grown over the years with the introduction of new

fluorescent labels, NBD-labeled lipids continue to be a popular choice in membrane

and cell biological studies due to desirable fluorescence characteristics of the

NBD group. In this chapter, we discuss the application of NBD-labeled lipids in

membrane and cell biology taking representative examples with specific focus on

the biophysical basis underlying such applications.
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Abbreviations

6-NBD-PC 1-Palmitoyl-2-(6-[N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)
amino]hexanoyl)-sn-glycero-3-phosphocholine

12-NBD-PC 1-Palmitoyl-2-(12-[N-(7-nitrobenz-2-oxa-1,3-diazol-yl)
amino]dodecanoyl)-sn-glycero-3-phosphocholine

6-NBD-CM 6-([N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)amino]hexanoyl)

sphingosine

6-NBD-SM 6-([N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)amino]hexanoyl)

sphingosylphosphocholine

25-NBD-cholesterol 25-[N-[(7-nitrobenz-2-oxa-1,3-diazol-4-yl)-methyl]

amino]-27-norcholesterol

DOPC Dioleoyl-sn-glycero-3-phosphocholine
DPPC 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine
FRAP Fluorescence recovery after photobleaching

NBD 7-Nitrobenz-2-oxa-1,3-diazol-4-yl

NBD-PE N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)-1,2-dipalmitoyl-

sn-glycero-3-phosphoethanolamine

NBD-PS 1,2-Dioleoyl-sn-glycero-3-phospho-l-serine-
N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)

POPC 1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine
REES Red edge excitation shift

1 Introduction

Cellular membranes represent two-dimensional, non-covalent, anisotropic, and

cooperative assemblies consisting of lipids and proteins. Membranes allow cellular

compartmentalization and act as the interface through which cells sense the

environment and communicate with each other. They confer an identity to cells

(and their organelles) and represent an appropriate milieu for the proper function of

membrane proteins. In addition, membranes constitute the site of important cellular

functions such as signal transduction [1] and pathogen entry [2, 3]. It has been

estimated that ~50% of all biological processes occur at the cell membrane [4].

The mammalian cell is made up of a large variety of lipids [5] which orchestrate

diverse cellular functions with the help of membrane proteins. Tracking individual

lipids in a crowded cellular milieu poses considerable challenge. It is in this context

that lipid probes assume significance (see [6] for a comprehensive account of lipid

probes). Various lipid probes have proved to be useful in membrane and cell

biology due to their ability to monitor lipid molecules by a variety of physicochem-

ical approaches at increasing spatiotemporal resolution [7]. Spectroscopic and

microscopic techniques using fluorescent lipid analogs represent a powerful set of

approaches for monitoring membrane organization and dynamics due to their high

sensitivity, suitable time resolution, and multiplicity of measurable parameters.
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Lipids covalently linked to extrinsic fluorophores are commonly used for such

studies. The advantage with this approach is that one has a choice of the fluorescent

label to be used, and therefore, specific probes with appropriate characteristics can

be designed for specific applications.

A widely used fluorophore in biophysical, biochemical, and cell biological studies

of membranes is the NBD (7-nitrobenz-2-oxa-1,3-diazol-4-yl) group (for an earlier

review on NBD-labeled lipids, see [8]). NBD-labeled lipids are extensively used as

fluorescent analogs of native lipids in biological and model membranes to monitor a

variety of processes (see Fig. 1). This is due to the fact that the NBD group possesses

some of the most desirable properties to serve as an excellent probe for both

NBD-PE

6-NBD-CM

25-NBD-cholesterol 6-NBD-PC

12-NBD-PC

6-NBD-SM

NBD-PS

Fig. 1 Chemical structures of representative NBD-labeled lipids. NBD-labeled lipids are exten-

sively used as fluorescent analogs of natural lipids in membrane and cell biological studies.

Depending on the specific lipid type, the NBD group could be covalently attached to the polar lipid

headgroup (as in NBD-PE and NBD-PS) or to the sn-2 fatty acyl chain of the lipid (as in NBD-SM,

NBD-CM, and NBD-PC). In case of 25-NBD-cholesterol, the NBDmoiety is attached to the flexible

acyl chain of the sterol
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spectroscopic and microscopic applications [9]. For example, the NBD group is very

weakly fluorescent in water. Yet, it fluoresces brightly in the visible range and

exhibits a high degree of environmental sensitivity upon transfer to a hydrophobic

medium [9–13]. Fluorescence lifetime of the NBD group exhibits sensitivity to

environmental polarity [12, 14]. Lipids labeled with the NBD group have been

shown to mimic endogenous lipids in a number of studies [15–18] although this

appears to be not always true [19, 20].

In this chapter, we will focus on the application of NBD-labeled lipids in

membrane and cell biology with representative examples. This chapter is not

meant to be an exhaustive account of the literature on NBD-labeled lipids. Rather,

we intend to provide the biophysical basis underlying specific applications. The

reader is referred to a previous review [8] for earlier references and applications.

2 NBD Group Senses Slow Solvent Relaxation in Membranes

It has long been recognized that organized molecular assemblies (such as

membranes) may be considered as large cooperative units with properties very

different from the individual structural components that constitute them. An obvious

consequence of such type of organization is the restriction imposed on the dynamics

of their constituent structural components. Interestingly, this kind of restriction

(confinement) results in coupling the motion of solvent molecules with the slow-

moving molecules in the host assembly [21]. In this scenario, red edge excitation shift

(REES) represents an interesting approach that relies on slow solvent reorientation in

the excited state of a fluorophore which can be used to monitor the environment and

dynamics around it in an organized molecular assembly [22–25]. A shift in the

wavelength of maximum fluorescence emission toward higher wavelengths, caused

by a shift in the excitation wavelength toward the red edge of absorption band, is

termed red edge excitation shift (REES). REES arises from relatively slow rates

(relative to fluorescence lifetime) of solvent relaxation (reorientation) around an

excited-state fluorophore. REES therefore depends on the environment-induced

motional restriction imposed on solvent molecules in the immediate proximity of

the fluorophore. It allows to assess the rotational mobility of the environment itself

(which is represented by the relaxing solvent molecules) utilizing the fluorophore

merely as a reporter group (the definition of solvent in this context is rather prag-

matic; solvent relaxation dynamics includes dynamics of restricted solvent [water] as

well as the dynamics of the host dipolar matrix such as the peptide backbone in

proteins [26]).

As mentioned above, an obvious consequence of high degree of organization in

supramolecular assemblies such as membranes is the restriction imposed on the

mobility of the constituent structural components. The biological membrane, with

its viscous interior and distinct motional gradient along its vertical axis, therefore

represents an ideal system for the application of REES to explore membrane

phenomena ([22, 24]; see Fig. 2). The interfacial region in membranes is

40 S. Haldar and A. Chattopadhyay



characterized by unique motional and dielectric characteristics different from the

bulk aqueous phase and the more isotropic hydrocarbon-like deeper regions of the

membrane. The membrane interfacial region exhibits slow rates of solvent relaxa-

tion and is therefore most likely to display the REES effect. In order to explore such

effect, it is necessary to choose an appropriate probe that displays suitable

properties in terms of localization, polarity, and appreciable change in dipole

moment upon excitation [22, 24]. The NBD group in membrane-bound NBD-PE

was found to satisfy these criteria [28]. The fluorescent NBD label is covalently

attached to the headgroup of a phosphatidylethanolamine molecule in NBD-PE

(see Fig. 1). The orientation and location of the NBD group in membrane-bound

NBD-PE has been worked out [10, 29–33]. The NBD group in NBD-PE was found

to be localized at the membrane interface characterized by unique motional and

dielectric properties and therefore represents an ideal probe for monitoring REES

and related effects. Interestingly, the NBD group exhibits a relatively large change

in dipole moment upon excitation (~4 D; [13]), a necessary condition for a

fluorophore to exhibit REES [24]. The change in emission maximum with

changing excitation wavelength (REES) of NBD-PE in dioleoyl-sn-glycero-
3-phosphocholine (DOPC) membranes is shown in Fig. 3 [28, 32, 34]. Since the

localization of the fluorescent NBD group in membrane-bound NBD-PE is

interfacial [10, 29–33], these REES results imply that the interfacial region of the

membrane offers considerable restriction to the reorientational motion of the

solvent dipoles around the excited-state NBD group. It was later shown that

Region I
Bulk aqueous phase 

Region II
Interface:

motionally restricted 
anisotropic functionality

Region III
Bulk hydrocarbon-like 
isotropic environment

Fig. 2 Schematic representation of half of the membrane bilayer showing the asymmetric nature

of membranes in terms of anisotropy in polarity and dynamics along the monolayer. The dotted

line at the bottom indicates the center of the bilayer. The membrane anisotropy along the z-axis

(perpendicular to the plane of the membrane) compartmentalizes the membrane leaflet into three

regions exhibiting differential dynamics. Region I comprises of bulk aqueous phase characterized

by fast solvent relaxation; region II is the membrane interface, characterized by slow (restricted)

solvent relaxation, and water penetration (interfacial water). This region is highly heterogeneous in

chemical composition; region III represents the bulk hydrocarbon-like environment, isotropic in

nature, and characterized by fast solvent relaxation. In addition, a polarity (dielectric) gradient

along the z-axis is also an integral feature of membranes (see [27]). Fluorescent probes and

peptides localized in the membrane interface (region II) are sensitive to REES measurements

(Adapted and modified from Haldar et al. [24])
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NBD-PE exhibits REES in membrane-mimetic assemblies such as micelles and

reverse micelles [9, 14, 35]. In addition, REES exhibited by the NBD group labeled

in a site-specific manner in the membrane-active peptide melittin provided novel

information regarding the orientation of the peptide in the membrane [36].

3 Membrane Phase Dependence of Probe Looping in Acyl

Chain-Labeled NBD Lipids

An important aspect of fluorescent membrane probes is their location in the

membrane [37]. In the case of NBD-labeled lipids, it has been previously shown

that the NBD group of acyl chain-labeled NBD lipids such as 6- and 12-NBD-PC

(Fig. 1) loops up to the membrane interface in fluid-phase membranes due to the

polarity of the NBD group ([10, 30, 32, 38–40]; see Table 1 and Fig. 4). This is also

consistent with the observation that the NBD group in 6- and 12-NBD-PC exhibits

considerable REES in fluid-phase membrane bilayers [32] and in monolayers at the

air/water interface [42] since display of REES is characteristic of interfacial probe

localization. The looping up of acyl chain-labeled NBD group could be due to

hydrogen bonding of the NBD group at the membrane interface. The polar imino

group and the oxygen atoms of the NBD group may form hydrogen bonds with the

lipid carbonyls, interfacial water molecules, and the lipid headgroup. An important

consequence of the looping up of the NBD group is an increase in the headgroup

area. For example, it has been estimated that in POPCmembranes, looping up of the

NBD group results in a ~3% increase in the headgroup area [38]. It is for this reason

that the looping up tendency of the NBD group in NBD-labeled lipids has been

implicated in their preferred endocytic sorting [43]. The looping up of the NBD

group in acyl chain-labeled NBD lipids has been utilized to monitor lipid-protein

interactions in membranes [44].
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Fig. 3 NBD-PE displays REES in membranes: (a) typical intensity-normalized fluorescence

emission spectra of NBD-PE at increasing excitation wavelengths. Excitation wavelengths used

were 465 (–––), 500 (–– ––), and 510 (‐‐‐‐‐‐) nm. (b) The effect of changing excitation wavelength

on the wavelength of maximum emission (REES) of NBD-PE (Adapted and modified from

Chattopadhyay and Mukherjee [28])
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Interestingly, looping up of the NBD group is critically dependent on the phase

state of the membrane. In contrast to the looping up of the NBD group observed in

fluid-phase (i.e., above the phase transition temperature) membranes, there appears

to be a vertical distribution of the NBD group in acyl chain-labeled NBD lipids in

gel (ordered) phase membranes, thereby showing that looping up of the probe is not

observed under these conditions ([41]; see Fig. 4). This has been attributed to

change in membrane packing induced by phase transition which could influence

probe localization in the membrane.

Table 1 Membrane penetration depths of the NBD group in NBD-labeled lipids by the parallax

methoda

NBD-labeled lipids Distance from the center of the bilayer zcF (Å)

NBD-PE 20.3

6-NBD-PC 20.7

12-NBD-PC 20.7

6-NBD-CM 20.8

6-NBD-SM 20.5

NBD-PS (pH 7.2) 18.8

NBD-PS (pH 5.0) 14.1

25-NBD-cholesterolb 5.7
aFrom Mukherjee et al. [32]
bFrom Chattopadhyay and London [30]

Fig. 4 To loop up or not? A schematic representation of the acyl chain conformation in acyl

chain-labeled NBD lipids below (left) and above (right) phase transition temperature of the

membrane. The NBD group loops up to the membrane interface in fluid-phase (T � Tm)

membranes [10, 30]. Interestingly, the looping up of the NBD group is found to be absent in

gel-phase (T < <Tm) membranes [41] (Reproduced from Raghuraman et al. [41])
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4 Application of NBD Fluorescence Sensitivity in Cell Biology

An interesting feature of NBD fluorescence is its sensitivity in response to the

environment in which the fluorophore is placed. The NBD group exhibits a high

degree of environmental sensitivity [9–13], and fluorescence lifetime of the

NBD group displays remarkable sensitivity to environmental polarity [12, 14].

For example, NBD lifetime in hydrophobic media such as membranes is high

(~7 ns; [28, 32]), while NBD lifetime is considerably reduced in presence of water

[9, 11, 12]. NBD lifetime reduces to ~ 1 ns in water which has been attributed to

hydrogen bonding interactions between the fluorophore and the solvent [12] that is

accompanied by an increase in the rate of nonradiative decay [45]. This aspect of

NBD fluorescence has been effectively utilized in a number of cell biological

applications. Environmental (polarity) sensitivity of NBD lifetimes was elegantly

used to address the issue of movement of the signal sequence through the ribosomal

tunnel during translocation of a nascent secretory protein across the endoplasmic

reticulum membrane [46]. A careful analysis of lifetimes of NBD probes attached to

the signal sequence of fully assembled ribosome-nascent chain-membrane complex

showed that the probes displayed lifetimes corresponding to an aqueous environment

(short lifetime ~ 1 ns). Based on these results, it was concluded that the signal

sequence does not insert into the nonpolar core of the endoplasmic reticulum

membrane. Instead, the signal sequence is localized in an aqueous environment

during the early stages of the translocation process. A similar study, utilizing polarity

dependence of NBD lifetimes, revealed a novel mechanism of membrane insertion

for cholesterol-dependent cytolysins [47]. A rather interesting application of temper-

ature sensitivity of NBD lifetime is the measurement of temperature in living cells as

an ‘optical thermometer’ [48]. Another important and widely used application of

NBD-labeled lipids is to monitor membrane asymmetry by chemically modifying

(reducing) the NBD group with the water-soluble reducing agent dithionite [49].

5 Transbilayer Organization of Cholesterol Monitored

Using NBD Fluorescence

Although a large body of literature exists on the organization of cholesterol in

plasma membranes (with high cholesterol content, typically ~30–50 mol%), very

little is known about its organization in the membrane where cholesterol content is

very low (< 5 mol%). Membranes from the endoplasmic reticulum (where choles-

terol is synthesized) and mitochondria are characterized with low cholesterol

content. Interestingly, evidence for specific organization of cholesterol molecules

in membranes at low concentrations came from studies carried out using 25-NBD-

cholesterol (see Fig. 1; [50–53]). The aggregation-sensitive fluorescence of the

NBD group in 25-NBD-cholesterol was elegantly utilized by Mukherjee and

Chattopadhyay [51] to explore the local organization of cholesterol at low
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concentrations in membranes. By careful analysis of the emission spectral features

of 25-NBD-cholesterol in DPPC membranes at the concentration range of

0.1–5 mol%, the possible presence of transbilayer tail-to-tail dimers of cholesterol

in such membranes was detected both in gel- and fluid-phase membranes (see

Fig. 5; [51]). It was further shown by monitoring corresponding changes in the

absorption spectrum that the cholesterol dimers represented the formation of a

ground-state complex (rather than an excited-state interaction). The possibility

that the unique spectral feature was due to nonspecific aggregation of the NBD

group was ruled out by careful control experiments. This implies that these results
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Fig. 5 (a) Concentration-dependent emission spectral features of 25-NBD-cholesterol: a red shift

in fluorescence emission maximum is observed with increasing concentration. Fluorescence

emission spectra of 25-NBD-cholesterol in gel-phase DPPC vesicles are shown. The concentration

of 25-NBD-cholesterol was 0.1 mol (‐‐‐‐‐‐), 0.5 mol (–– ––), and 1 mol% (_______). The shaded

portions of the spectra represent the two wavelength ranges (505–526 and 537–558 nm) from

which fluorescence emission of 25-NBD-cholesterol was collected for FRAP measurements

described in Fig. 6. More details are in [54]. (b) Schematic diagram of the membrane bilayer

depicting the transbilayer tail-to-tail dimers of cholesterol in membranes at low concentrations

(Adapted and modified from Pucadyil et al. [54])
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provide novel information about cholesterol dimerization in membranes at low

concentrations, rather than providing information on NBD-NBD interactions.

These results were further supported by observations from other laboratories [55].

In addition, from the distinct spectral feature of 25-NBD-cholesterol in membranes

of varying curvature, it was shown that the transbilayer dimer arrangement is

sensitive to membrane curvature, and dimerization is not favored in highly curved

membranes [53]. The organization and dynamics of cholesterol monomers and

dimers were explored by REES [52]. The environment around the cholesterol

dimer appears to be rigid (relative to the monomer environment) and offer more

restriction to solvent reorientation.

By the application of a novel version of fluorescence recovery after

photobleaching (FRAP) measurements ‘wavelength-selective FRAP’, lateral

diffusion coefficients of dimeric and monomeric populations of cholesterol were

estimated using 25-NBD-cholesterol (see Fig. 6; [54]). In these experiments,

wavelength-selective FRAP measurements were carried out in DPPC membranes

containing 25-NBD-cholesterol. The diffusion characteristics of the transbilayer

dimer and monomer of 25-NBD-cholesterol (evident from spectral features; see

Fig. 5a) were derived by analysis of FRAP results after photoselecting a given

population by use of specific wavelength-range characteristic of that population.
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Fig. 6 Simultaneous fluorescence recovery after photobleaching (FRAP)measurement ofmonomeric

and dimeric populations of 25-NBD-cholesterol by the wavelength-selective FRAP approach.

The figure shows the wavelength-selective FRAP of 25-NBD-cholesterol in DPPC vesicles where

fluorescence emission was collected from 505 to 526 nm (○), corresponding to the monomeric

population of 25-NBD-cholesterol, and 537–558 (•) nm corresponding to the dimeric 25-NBD-

cholesterol population (see shaded portions in Fig. 5). Note that dimeric 25-NBD-cholesterol exhibits

slow diffusion relative to monomeric 25-NBD-cholesterol. Other details are in [54] (Adapted and

modified from Pucadyil et al. [54])
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The results showed that the organization of 25-NBD-cholesterol in DPPC

membranes is heterogeneous, with the presence of fast- and slow-diffusing species.

The presence of fast- and slow-diffusing populations of 25-NBD-cholesterol was

interpreted to correspond to predominant populations of cholesterol monomers

and dimers.

6 Conclusion and Future Perspectives

The fluorescent NBD group has come a long way in terms of biological applications

since its discovery a few decades back [56]. NBD-labeled lipids were first

synthesized, and their sensitive fluorescence was noted in the late 1970s [57, 58].

Since then, these lipids have been used in a number of biophysical and cell

biological studies to gain a variety of information. The field of fluorescently labeled

lipids has grown over the years with the introduction of new fluorescent labels with

desirable properties [59]. Although NBD-labeled lipids have been shown to mimic

endogenous lipids in a number of studies [15–18], concerns have been raised in

some cases [19, 20]. Photostability of the NBD group could also be a concern

although this can be handled by using low light intensity level and other techniques

[60, 61]. Nonetheless, NBD-labeled lipids continue to be widely used for various

biological applications. Future exciting applications could include simultaneous

attachment of the NBD group and nitroxide group in an amphiphilic molecule to

explore membrane heterogeneity [62] and monitoring amyloid fibril formation

utilizing NBD-labeled lipids [63].
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3-Hydroxychromone Probes Precisely Located

and Oriented in Lipid Bilayers: A Toolkit

for Biomembrane Research

Andrey S. Klymchenko, Guy Duportail, and Yves Mély

Abstract Environment-sensitive dyes due to the sensitivity of their spectra to the

physicochemical properties of their environment are unique tools for probing model

and biological membranes. Here, we describe a particular class of environment-

sensitive dyes based on 3-hydroxychromones. These dyes exhibit excited-state

intramolecular proton transfer resulting in dual emission, highly sensitive to envi-

ronment polarity and hydration. Appropriate molecular design of the new probes

allows precise localization and orientation of their fluorophore in the lipid bilayers,

which confer high specificity to particular membrane properties. In this respect,

interface localization of the probes allows monitoring lipid order, while vertical

orientation is required to achieve sensitivity to dipole and transmembrane

potentials. Finally, biological applications of these probes for sensing lipid domains

(rafts) and apoptosis are shown.

Keywords Apoptosis � Fluorescence imaging � Fluorescent membrane probes �
3-Hydroxychromones � Lipid domains � Membrane electrostatics � Polarity and

hydration
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1 Environment-Sensitive Dyes and 3-Hydroxychromones

Fluorescent probes are powerful tools for monitoring the biophysical properties of

biological membranes. Particularly important in this respect are environment-

sensitive dyes, which change their fluorescence intensity or color in response to

changes of the physicochemical properties of their molecular environment [1–3].

The response of environment-sensitive dyes is driven by excited-state reactions

(conformational change, charge, electron and proton transfer, etc.) and noncovalent

interactions with the surrounding, such as universal interactions (van der Waals,

dipole-dipole, dipole-external electric field, etc.), and specific H-bonding interactions.

Several types of environment-sensitive fluorophores are of particular interest for

biomembrane research: molecular rotors and solvatochromic fluorescent dyes.

Molecular rotors are dyes featuring high rotational flexibility of their conjugated

system. These rotors are poorly emissive in nonviscous environments, such as water

or organic solvents, while in viscous environments, such as biological membranes,

their rotation mobility is restricted, which dramatically increases their fluorescence

quantum yield. Therefore, these dyes respond to environment viscosity by changes in

their emission intensity [4] and therefore are useful for monitoring lipid order [5]. As

their response is associated with changes in their fluorescence lifetimes, they are

frequently applied in fluorescence lifetime imaging (FLIM) of model and cellular

membranes [6, 7]. On the other hand, solvatochromic fluorescent dyes exhibit shifts
in their emission maxima and sometimes changes in their fluorescence quantum yield

as a function of the polarity and hydration of their environment [8, 9]. The dipole

moment of these dyes increases dramatically upon electronic excitation (S0 ! S1
transition) due to an intramolecular charge transfer from the electron donor to the

electron acceptor group. Moreover, an increase in the solvent polarity decreases the

energy of their excited state, resulting in a red shift of their emission spectra. In

addition, protic solvents can also decrease the energy of the excited state due to H-

bonding interactions. Therefore, the red shifts observed in polar solvents originate

from superposition of dipole-dipole and H-bonding interactions. Water, as a highly

dipolar and H-bond donor molecule, provides the strongest red-shifting effects on

solvatochromic dyes. An additional important property of most environment-

sensitive dyes is their poor fluorescence quantum yield in water. Therefore,

incorporation of these dyes into lipid membranes usually increases strongly their

fluorescence intensity due to efficient screening of these molecules from bulk water

[1, 3, 10]. Typical examples of these dyes are Prodan, Nile Red, 4-aminophthalimide,

NBD, etc. However, though numerous environment-sensitive dyes are known, none

of them is comparable to classical environment-insensitive dyes (rhodamines,

cyanines, BODIPY, etc.) in terms of brightness and photostability.

Within the solvatochromic dyes, two-band solvatochromic fluorescent dyes based
on 3-hydroxychromone (3HC) derivatives are of particular interest. Due to
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excited-state intramolecular proton transfer (ESIPT), these dyes show two emission

bands, which change their relative intensities in response to solvent polarity [1, 2].

This chapter will briefly present design and application of single-band environment-

sensitive dyes, but the main focus will be made on 3HC-based dyes. For more details

on single-band solvatochromic dyes and their biological applications, the reader

should see the excellent review by Imperiali et al. [3].

2 Fluorophore Location in Lipid Bilayers

Lipid bilayers are characterized by steep gradients of all physical parameters. As a

consequence, precise probe location in the bilayer is crucial for designing probes

with desired response. The most trivial approach consists in applying rather polar

fluorescent probes to study the polar membrane interface and more apolar probes to

study its hydrophobic interior. However, this approach often fails as the probe

molecule may exhibit several locations and orientations in the bilayer. Particularly,

small fluorophores of medium polarity can distribute both in polar and apolar

regions. Moreover, ground-state hydration of a probe capable to form H-bonds is

an additional feature which causes this distribution. Steady-state and time-resolved

fluorescence data on Nile Red [11], coumarins [12], and Prodan [13–15] demon-

strate that these probes could be located simultaneously in both polar and apolar

regions of the membrane. Similar conclusions were made from molecular dynamics

simulations [16]. Two ground-state forms were also found for the uncharged and

nonsubstituted 3HC dye 40-(dimethylamino)-3-hydroxyflavone (probe F) in lipid

bilayers, one corresponding to the H-bonded form with a surface location and the

other to the non-H-bonded form located deeper [17]. Both forms showed different

emission profiles, reporting on the different environments of the two locations.

Another problem is that structural changes in membranes may cause probe

relocation and reorientation. Recent data on giant unilamellar vesicles (GUVs)

directly showed that Prodan and Laurdan do not present any preferential orientation

in fluid-phase membranes, while in liquid-ordered and gel-phase membranes, they

present a constrained vertical orientation (non-H-bonded form) [18]. Moreover,

hydrostatic pressure [13] and cholesterol [19] can cause Prodan relocation.

Fluorophore relocation on modification of membrane properties was also proposed

for NBD derivatives [20] and the 3HC probe F [17]. Moreover, relocation of a

probe along the polarity gradient may also occur during the fluorescence lifetime,

when the excited state is much more polar than the ground state [16, 21].

On the other hand, lipid membranes present two leaflets. In cell plasma

membranes, these leaflets are composed of different lipids and proteins so that their

properties can be very different. For instance, sphingomyelin is present mainly at the

outer leaflet of cell membranes, while the negatively charged phosphatidylserine is

mainly localized at the inner leaflet [22]. Therefore, it is important that probes bind

specifically at one membrane leaflet and undergo very slow flip-flop from one leaflet

to another. Neutral apolar fluorophores can readily cross cell membrane and thus are

not appropriate for specific investigation of one of the two leaflets [23, 24]. Therefore,

special anchor groups are needed to slow down this process.
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Finally, the polarity of the fluorophore itself is important for its ground-state

location. For instance, covalent attachment of NBD, a fluorophore of medium

polarity, to flexible acyl chains does not allow its localization close to the bilayer

center, because it loops back to the interface [25, 26]. This and other examples of

fluorophore localization suggested that instead of using neutral fluorophores or

modified lipids, amphiphilic constructions are more appropriate to fix the

fluorophore at a desired orientation and depth [27]. This can be provided by

choosing a relatively low-polar fluorophore and applying a combination of charged

and apolar substituents. Typical examples are Laurdan and Patman [28], which

exhibit a more precise location in lipid bilayers than the parent Prodan [29].

Recently developed fatty acid analogues of Prodan also showed improved localiza-

tion at the cell membranes compared to the parent Prodan [30]. Styrylpyridinium

dyes presenting a charged zwitterionic group on one side and hydrophobic chains

on the other are vertically orientated dyes, showing limited flip-flop [31–33].

Similar design was applied for Nile Red derivatives, which gave an interface-

localized Nile Red presenting almost negligible flip-flop and poor internalization

inside living cells [23]. Moreover, a similar strategy was also applied to develop a

series of 3-hydroxychromone probes, in which the conjugation of the fluorophore to

both an ionic head group and a long alkyl chain(s) provides a well-defined depth

and orientation to the fluorophore in the lipid bilayer.

3 Location of 3HC Fluorophores in Lipid Membranes

Application of 3HC dyes in lipid bilayers requires primarily understanding the

binding and localization of the fluorophore in the membranes. For this purpose, a

detailed investigation of the fluorescence excitation and emission spectra of

40-(dimethylamino)-3-hydroxyflavone (probe F) (Fig. 1) in lipid bilayer vesicles

was performed as a function of the fatty acid composition, polar heads, temperature,

and cholesterol content. Due to the multiparametric nature of the spectroscopic

response of 3HC dyes, complete information about the dye localization by

distinguishing universal (dipole-dipole) from specific (H-bonding) interactions

within the bilayer environment could be obtained.

Our spectroscopy, anisotropy, and quenching data [17] suggested the presence of

two forms of probe F at different locations in the bilayer: a non-H-bonded form

located deeper than the sn1-carbonyls of phospholipids and a H-bonded form

located at the polar membrane interface (Fig. 1). Using the parallax quenching

method, an estimated distance between the fluorophore and the bilayer center of 9.5

and 16 Å was found for non-H-bonded and H-bonded forms, respectively. The

H-bonded form is probably a complex of the dye with water, which due to its much

higher polarity as compared to the non-H-bonded form locates shallower in the

bilayer, close to the water-membrane interface (Fig. 1). The distribution of the

probe F between these two locations may also contribute to its response to changes

in the membrane properties. Moreover, analysis of the literature data on other

environment-sensitive probes (Prodan, Laurdan, Nile Red, NBD-lipids, etc.) in

lipid bilayers allowed us to suggest that a bimodal distribution in the lipid bilayer
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is probably a general feature of low-polar molecules with polar groups capable of

H-bonding interactions [1, 17]. This indefinite probe location complicates the

analysis of experimental data. To resolve this problem, we developed a number

of 3HC derivatives bearing anchor groups, which fix the fluorophore at a more

precise location in the lipid bilayer [27]. Moreover, by appropriate positioning of

the charged groups and hydrophobic chains, it was also possible to control the

orientation of the fluorophore in the lipid bilayer, which is important to address its

vectorial (orientation-dependent) properties, such as electrostatics. Finally, the

introduction of a zwitterionic anchor group decreased the flip-flop processes [35],

allowing positioning of the fluorophore selectively at the outer leaflet of cell

membranes [24]. Through systematic variation of the location and orientation of

the 3HC fluorophore, we developed a series of membrane probes with different

selectivities to the membrane properties.

4 Multiparametric Probing of Lipid Bilayers: Hydration

and Polarity

Environment-sensitive dyes generally respond to several membrane properties

simultaneously, so that it is difficult to estimate these properties independently.

For instance, the commonly used probe of membrane electrostatics, di-4-ANEPPS,
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is also sensitive to water relaxation in the bilayer [36, 37]. This side effect of water

relaxation is also known for DPH-based probes, which are primarily used for

estimation of membrane microviscosity through fluorescence anisotropy [38].

The ideal would be to extract several types of information from a single probe

and, thus, access several membrane properties at the same site. This can be

achieved by utilizing multiparametric fluorescent dyes, such as those presenting

an equilibrium between several emissive states. Among all known excited-state

reactions generating several emissive species, excited-state intramolecular proton

transfer (ESIPT) [39] appears as the most promising, since this reaction can

generate emissive species with very different sensitivity to parameters of their

environment [40].

40-(Dialkylamino)-3-hydroxyflavone dyes from the 3HC family are particularly

attractive for this purpose. Due to an ESIPT reaction, they exhibit two emissive states

(N* and T*) of very different properties (Fig. 2). Due to intramolecular charge

transfer (ICT) from the 40-dialkylamino to the 4-carbonyl group, the N* state attains

a large dipole moment [40, 41] similar to that of classical solvatochromic dyes such

as Prodan [42]. In contrast, the ESIPT product T* state exhibits a much smaller dipole

moment. As the ESIPT reaction in these 3HC dyes is reversible [43], intermolecular

interactions stabilize the N* state as compared to the T* state, resulting in a shift of

the ESIPT equilibrium and a redistribution of the fluorescence intensities between the

two bands. As a consequence, their intensity ratio (N*/T*) describes the environment

polarity [40] and electrostatics [44]. In our early works based on these two-band dyes,

we have developed a methodology for multiparametric probing of environment in

organic solvents [40]. However, lipid bilayers are much more complicated systems

due their microheterogeneous nature.

As it was mentioned above, probe F in lipid bilayers (in contrast to organic

solvents) presents two different ground-state forms: the H-bonded form with water

(hydrated) and the non-H-bonded (nonhydrated) form (Fig. 1). Since this dye is not

Fig. 2 (a) Ground (below) and excited (above) states of 40-(dimethylamino)-3-hydroxyflavone in

lipid membranes. Upward arrows represent excitation to the Frank-Condon excited state, while

downward arrows represent emission. The correspondent band maxima (in nm) are indicated. In

lipid membranes, the N* ! H-N* conversion results from a slow relaxation process. (b) Fluores-

cence spectrum of this dye in large unilamellar vesicles composed of egg yolk phosphatidylcholine

and its deconvolution into three emission bands N*, H-N*, and T*
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fixed at the bilayer, these two forms distribute at different bilayer depths [17]. By

fixing the fluorophore with an anchor group, a more controlled localization of these

two forms in the membranes can be achieved, and the two forms can be used to

obtain an additional parameter describing the membrane hydration [45]. Localiza-

tion of the fluorophore at the bilayer interface was realized using a charged anchor

group and a long hydrophobic chain, as shown in Fig. 3 for probes F2N8 and

F2N12S. According to the parallax quenching studies, the H-bonded and non-H-

bonded forms of F2N8 probe are located at 16 and 13 Å, respectively, from the

bilayer center [45]. This 3-Å depth difference between the two forms is much

smaller than that observed for uncharged probe F (6.5 Å), thus confirming success-

ful localization of the fluorophore at the bilayer interface using our probe design

methodology. Importantly, these two ground-state forms exhibit differences in their

excitation and emission spectra. While the nonhydrated form (blue-shifted in

excitation) exhibits a dual emission (N* and T* bands) as in aprotic organic

solvents, the H-bonded form exhibits a single emission band (H-N* band) similar

to the spectra obtained in protic solvents. To estimate the relative intensity of these

bands, we deconvoluted the emission spectra of 3HC probes in lipid membranes

into three bands: N*, T*, and H-N* (Fig. 2b), which allowed us to extract two

independent parameters: hydration and polarity. The former was defined as the

relative contribution of the hydrated form of the probe, deduced from the ratio of

intensities between the H-N* band and the sum of the N* and T* bands. The

polarity parameter was defined as the N*/T* ratio, similar to that initially

introduced for organic solvents [40].

To better understand the photophysical behavior of the probes in lipid

membranes, time-resolved studies of F2N12S in lipid bilayers were performed.

These studies indicated that the ESIPT equilibrium between N* and T* forms

is established on a time scale 40–70 ps, while the relaxation kinetics involving

the H-N* form are completed at the nanosecond time scale [46]. These data
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suggested that the hydration parameter describes both the ground-state hydration

and the water relaxation in the lipid environment, in analogy to the generalized

polarization parameter previously introduced for Prodan and Laurdan dyes [29,

47–49]. In contrast, the N*/T* ratio is controlled by the rapidly established N*-T*

equilibrium in the excited state and, therefore, describes mainly the interactions

with the static electric fields in the membrane. Thus, it is clear that the hydration

parameter and the N*/T* parameter are intrinsically independent and describe

different membrane properties.

Using this multiparametric methodology, model lipid membranes of different

lipid compositions were characterized. The polarity and hydration of the bilayers

were found to decrease simultaneously when the lipid order was increased (phase

transition from fluid to gel phase, addition of cholesterol to the fluid phase or

decrease in the lipid unsaturation) [45]. A particularly strong decrease in hydration

was observed on transition from the liquid-disordered phase, presented by unsatu-

rated lipids, to the liquid-ordered phase, presented by saturated lipids and choles-

terol (Table 1). Moreover, within the liquid-disordered phase, an increase in

temperature or bilayer curvature led to a higher bilayer hydration with no effect

on the polarity. In contrast, when the electrostatic properties of the bilayer, such as

the dipole and surface potential, were varied, a strong variation of the polarity

parameter (N*/T*) was observed without considerable changes in the hydration

parameter (Table 1). Thus, these studies have established a new multiparametric

methodology, allowing simultaneous monitoring of two independent properties of

the membranes: water content (hydration parameter) and membrane electrostatics

(polarity parameter) [1, 45]. Below, some applications of this methodology will be

presented in more detail.

5 Probes of Membrane Electrostatics: Dipole

and Transmembrane Potentials

Since dipole (Cd) and transmembrane (Ct) potentials are localized inside the lipid

bilayer, their detection needs an electrochromic fluorophore presenting a vertical

orientation in the membrane. As these two potentials apply at different levels in the

Table 1 Hydration and polarity values estimated with probe F2N12S in lipid membranesa

Sample Hydration Polarity

Fluid phase (EYPC) 0.56 1.27

Fluid phase (DOPC) 0.61 1.63

Fluid phase, negative surface charge (BBPS) 0.36 2.25

Fluid phase, negative surface charge (DOPS) 0.38 3.24

Liquid-disordered (fluid) phase (DOPC/Chol) 0.39 1.20

Liquid-ordered phase (SM/Chol) 0.01 0.88
aDOPC dioleoylphosphatidylcholine, EYPC egg yolk phosphatidylcholine, DOPS dioleoylpho-

sphatidylserine, BBPS bovine brain phosphatidylserine, Chol cholesterol, SM bovine brain

sphingomyelin. In DOPC/Chol and SM/Chol, the lipid/Chol ratio was 2/1 mole/mole
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lipid bilayer, probing Cd needs a location of the fluorophore between the apolar

bilayer center and the membrane surface, while probing Ct requires its location in

the apolar region close to the bilayer center.

Critical analysis of already existing probes of dipole potential, represented

mainly by 4-styrylpyrydinium dyes [31, 33, 36, 37, 51], revealed that further

progresses require the development of probes that (a) do not possess a large

ground-state dipole, (b) allow quantitative ratiometric recording in fluorescence

emission with major contribution from the electrostatic effects in order to prevent

side effects from relaxation processes, and (c) allow desired location and orienta-

tion of the fluorophore moiety. 3HC dyes and particularly 40-(dialkylamino)-3-

hydroxyflavones fit well to all these requirements. By using a similar design as

for 4-styrylpyrydinium dyes, we have developed two probes (F4N1 and BBPZ), in

which the fluorescent moieties and consequently the dipole moments are oriented

vertically in lipid bilayers but inversely with respect to each other (Fig. 4). In both

cases, the probes strongly responded to variation of Cd, generated by phloretin and

6-ketocholestanol [52]. The spectroscopic response of the probes consisted of

changes in the intensity ratio of their two emission bands, and it was opposite for

the two dyes in accordance with their inverse orientation. Moreover, a

multiparametric analysis based on band deconvolution showed that these changes

are directly connected with the variation of the N*/T* ratio and are independent

from the hydration parameter [53]. However, these probes were not applicable for

cellular studies due to their fast internalization and/or poor staining of the plasma

membrane. Therefore, we have synthesized a second generation of dipole potential

probes, F8N1S and PPZ8 (Fig. 4) that are analogues of F4N1 and BBPZ, bearing

zwitterionic groups and long hydrophobic chains at the opposite sides of the 3HF

fluorophore. Cellular studies have shown that the improved probes bind selectively

to the cell plasma membranes and exhibit strong variations in the intensity ratio of

Fig. 4 Fluorescent probes of dipole potential. (a) Estimated location of the probes in lipid

membranes. (b) Ratiometric imaging of dipole potential variation in CEM cells stained with

probe F8N1S: (a) – control cells, (b) – cells treated with 6-ketocholestanol (6-KC) (Data from

Ref. [50])
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their two emission bands as a function of Cd in living cells (Fig. 4) [50], in

accordance with the data on the 1st-generation probes in model membranes [52].

To monitor the transmembrane potential Ct, the fluorophore has to be much

deeper embedded. However, the electrochromic fluorophores used so far, which are

based on 4-styrylpyrydinium, are charged and do not allow deep embedding of the

fluorophore into the highly hydrophobic environment of the bilayer. For this reason,

we attempted to apply the 3HC fluorophore, which is relatively low polar and

noncharged. An extended 3HC fluorophore was selected [55], which showed two-

color environment sensitivity at low polarities [56]. This fluorophore was coupled

with two rigid arms bearing charged groups to impose a vertical orientation and a

deep insertion of this fluorophore in the lipid bilayer (probe di-SFA, Fig. 5). The

obtained probe showed fluorescence spectra corresponding to a very low polarity

environment (e � 3–4) in model and cellular membranes, in line with a deep

insertion [54]. Cellular studies showed that the sensitivity of the probe to Ct was

12% per 100 mV, which is larger than the corresponding response of the

4-styrylpyrydinium probes [54], but lesser than that of the new generation of

ANNINE probes [57]. Moreover, combined patch-clamp and fluorescence micros-

copy measurements showed that the ratiometric response of di-SFA is faster than

1 ms, in agreement with its electrochromic mechanism. The key advantage of the

present 3HC probe compared with all other probes developed so far resides in its

ratiometric response in emission, which enables easy application in fluorescence

microscopy by using a single excitation source and a two-color fluorescence

detection setup.

6 Monitoring Hydration and Lipid Order: Lipid Domains

Monitoring lipid order in membranes is of particular importance due to the probable

key role of lipid domains in membrane functions [58]. In model membranes, these

domains or “rafts” form a liquid-ordered (Lo) phase that “swims” in the pool of

Fig. 5 New transmembrane potential probe di-SFA and the commercial probe di-4-ANEPPS.

(a) Structure and location of the probes. (b) Ratiometric response of probe di-SFA to variation of

transmembrane potential in suspensions of CEM cells (Data from Ref. [54])
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liquid-disordered (Ld) phase [59, 60]. In cells, these hypothetic domains are

believed to play a crucial role in the regulation of numerous functions of membrane

proteins and membrane transport [58, 61]. Attractive tools to study lipid order are

environment-sensitive dyes, which can distinguish liquid-ordered from liquid-

disordered phases by changes in their emission color. The proof of concept was

originally shown using Laurdan and Prodan probes, which exhibit clear-cut

differences in their emission color between the two phases [18, 59]. In liquid-

ordered phase, these dyes experience less polar environment and thus, show blue-

shifted emission compared to liquid-disordered phase. Later on, this concept was

applied with the 4-styrylpyrydinium probe 4-di-ANEPPQ, having the advantage of

longer-wavelength absorption and emission as well as specific membrane binding

[31, 62]. Alternatively, since molecular rotors bound to liquid-ordered phase show

significant enhancement of their fluorescence, liquid-ordered phases were

visualized using a molecular rotor based on a Prodan analogue [5].

3HC probes are of particular interest due to their high sensitivity to membrane

properties, such as polarity and hydration. Initially, we studied our most

characterized 3HC probe F2N8 in different model membrane vesicles, mimicking

different membrane phases. It was found that the hydration parameter monitored by

F2N8 increases in the following order: liquid ordered << gel � liquid disordered

(with cholesterol) < liquid crystalline (without cholesterol). Thus, the Lo phase is

characterized by an exceptionally low hydration, a feature that could be used for

detection and imaging of this phase. These data on F2N8 were compared with

changes of membrane fluidity which were monitored by fluorescence anisotropy of

the diphenylhexatriene-based probe TMA-DPH probe [63, 64]. Remarkably, the

membrane fluidity shows a somewhat different trend, namely liquid ordered � gel

< liquid disordered < liquid crystalline. Thus, gel- and liquid-ordered phases

exhibit similar fluidity, while the last phase is significantly less hydrated. We

hypothesized that cholesterol, due to its specific H-bonding interactions with lipids

and its ability to fill the voids in lipid bilayers, expels efficiently water molecules

from the highly ordered gel phase in order to form the liquid-ordered phase. In this

work, the liquid-ordered and gel phases were for the first time clearly distinguished

by their strong difference in hydration.

The strong spectroscopic response of our 3HC probes to Lo phase could be

applied for visualization of lipid domains. The best model systems for visualization

of lipid domains are giant unilamellar vesicles (GUVs), which being of 5–100 mm
of diameter could be directly used in fluorescence microscopy. GUVs displaying Ld

phase, Lo phase, or both phases were used to characterize 3HC probes F2N8 and

F2N12S. It was found that F2N8 preferentially binds the Ld phase, so it is

impossible to label the Lo phase when it coexists with the Ld phase. Therefore,

we have tested its analogue F2N12S which bears a longer hydrophobic chain and a

zwitterionic anchor group (Fig. 3). Steady-state fluorescence studies in large

unilamellar vesicles showed that similarly to F2N8, the dual emission of F2N12S

drastically changes with the lipid bilayer phase (Fig. 6a), which can be correlated

with changes in hydration [66]. Using two-photon excitation microscopy on giant

unilamellar vesicles, the F2N12S probe was found to bind both Ld and Lo phases,
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allowing visualization of the individual phases from the fluorescence intensity ratio

of its two emission bands (Fig. 6b–d) [65]. Moreover, by using a linearly polarized

excitation laser light, a strong photoselection was observed for F2N12S in the Lo

phase (Fig. 6c), indicating that its fluorophore is nearly parallel to the lipid chains of

the bilayer. Thus, the Lo phase imposes a vertical orientation to the 3HC

fluorophore, as it was already shown with Laurdan and di-ANEPPQ [18, 31]. In

contrast, the marginal photoselection observed with the Ld phase indicated no

predominant orientation of the probe in the Ld phase (Fig. 6b). As it will be

shown below, F2N12S designed to stain selectively the cell plasma membrane

shows strong response to changes in the phase state of the cell membrane on

cholesterol extraction as well as on apoptosis.

7 Monitoring Apoptosis and Its Connection with Lipid Order

Normal cells exhibit a remarkable asymmetry of the lipid distribution in the inner

and outer leaflets of their plasma membranes which is lost during the early steps of

apoptosis [22]. These changes in the plasma membrane can be used to detect

Fig. 6 Probing liquid-ordered domains using probe F2N12S. (a) Fluorescence spectra of F2N12S

in lipid vesicles composed of DOPC (black solid curve) DOPC þ 35 % Chol (green dashed curve)
and SM þ 35 % Chol (magenta dotted curve). Fluorescence ratiometric images (520/580 nm) of

GUVs composed of DOPC (b) and SM + 35 % Chol (c) and the ternary mixture (DOPC/SM/Chol

in the molar ratios 1/1/0.7) (d). Two-photon excitation (830 nm) was used. Arrows indicate the

orientation of light polarization. Sizes of the images were 50 � 50 mm (b), 15 � 15 mm (c), and

45 � 45 mm (d) (Data from Ref. [65])
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apoptosis. In this respect, the most common detection method relies on the use of

the fluorescently labeled annexin V, which interacts with PS exposed on the

membrane surface [67].

Due to the high sensitivity of 3HC dyes to lipid composition, and notably on the

surface charge and phase state, we attempted to use them to monitor apoptosis.

Indeed, all 3HC derivatives showed strong changes in their dual emission when

lipid membranes composed of anionic lipids were compared with those of neutral

lipids [68]. This sensitivity to the negative surface charge could be used to detect

exposure of PS during apoptosis. Moreover, the sensitivity of 3HC dyes to the lipid

phase could also be important for detection of apoptosis since the loss of transmem-

brane asymmetry may also lead in changes of the lipid order. To detect the

apoptotic loss of transmembrane asymmetry, a 3HC probe that binds selectively

to the outer leaflet of the cell plasma membrane is needed. The well-characterized

probe F2N8 was unsuitable for this purpose, because it readily internalizes into

cells and probably redistributes rapidly between the two leaflets of the cell plasma

membrane. Therefore, as already mentioned before, we have developed the probe

F2N12S having a modified anchor group: the positively charged ammonium group

was substituted with a zwitterionic group, while the hydrophobic chain was

extended to 12 carbon atoms (Fig. 3). Fluorescence spectroscopy, flow cytometry,

and microscopy measurements showed that the ratio of the two emission bands of

the probe changes dramatically in response to apoptosis (Fig. 7) [24]. This response

reflects the changes in the lipid composition of the outer leaflet of the cell plasma

occurring on the early steps of apoptosis. Being ratiometric, the response of the new

probe can be easily quantified on an absolute scale. This allows monitoring by laser

scanning confocal microscopy the degree and spatial distribution of the apoptotic

changes at the cell plasma membranes, a feature that can be hardly achieved with

the commonly used fluorescently labeled annexin V assay.

However, the spectroscopic response of F2N12S could not be explained by the

sole increase in the exposure of PS at the outer leaflet of the cell. Since F2N12S can

bind both Ld and Lo phases, showing a different dual emission [65], we

hypothesized that the observed response of the probe to apoptosis could also be

driven by changes in the phase state (Lo/Ld) of the outer leaflet. Therefore, a

comparative study of this probe in plasma membranes of living cells and lipid

vesicles was performed. Using our multiparametric analysis based on band

deconvolution of the fluorescence spectra of F2N12S, we characterized membranes

in terms of hydration and polarity (electrostatics). It was found that plasma

membranes of intact glioblastoma cells exhibit a significant fraction of liquid-

ordered phase in their outer leaflet since both hydration and polarity parameters

were intermediate between those observed in lipid vesicles presenting Lo and Ld

phases [66]. Moreover, two-photon fluorescence microscopy experiments showed

that intact living cell membranes labeled with the probe exhibited a homogeneous

lipid distribution, suggesting that liquid-ordered domains are likely distributed all

over the membrane and are highly dynamic. Cholesterol depletion affected dramat-

ically the dual emission of the probe, suggesting that the Lo-like phase in cell

membranes is converted into Ld-like phase (Fig. 8). These conclusions were
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corroborated by fluorescence anisotropy experiments performed with the viscosity-

sensitive probe TMA-DPH. Indeed, the estimated membrane fluidity of intact cells

was intermediate between those measured in the Lo and Ld phases of model

membranes, while on cholesterol depletion, the fluidity increased dramatically

reaching the values observed in the Ld phase.

Remarkably, analysis of the spectroscopic response of F2N12S to apoptosis

revealed a strong increase in the hydration parameter, which is similar to the effect

of cholesterol extraction. This observation led us to the conclusion that cell

apoptosis results in a similar loss of the Lo phase, which could be attributed to a

flip of sphingomyelin from the outer to the inner leaflet of the plasma membrane

due to apoptosis-driven lipid scrambling [66]. In addition, we observed that apo-

ptosis led to higher values of the polarity parameter, which correlates well with the

increase in the negative surface charge resulting from the exposure of negatively

charged PS lipids. Thus, these comparative studies revealed the mechanism of

response of F2N12S to apoptosis and showed a link between apoptosis and changes

Fig. 7 Apoptosis detection using probe F2N12S. (a) Fluorescence spectra of F2N12S in normal

and apoptotic (treated with actinomycin D) CEM cells. (b and c) Ratiometric images of normal

(b) and actinomycin D-treated (c) cells stained with F2N12S. The size of the images is 60 � 73 mm
(Data from Ref. [24])
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in the liquid order at the outer leaflet of the cell plasma membranes. Finally, this

work suggested a new methodology for studying the liquid-ordered phase in cell

membranes, particularly in connection with their transmembrane asymmetry.

8 Conclusions

Design and application of fluorescent membrane probes based on

3-hydroxychromones led to several key achievements and conclusions. (1) ESIPT

fluorophores based on 3-hydroxychromone present a unique ability to detect simul-

taneously polarity and hydration in the membrane environment. (2) As

environment-sensitive probes present indefinite distribution in the lipid bilayers

and fast flip-flop between the leaflets, it is of key importance to position the

fluorophore at precise depth and orientation in the bilayer and minimize the flip-

flop by introducing an anchor group. (3) Probes featuring localization at the

interface are suitable for detection of lipid order and surface potential, while

vertical fluorophore orientation is required for monitoring dipole and transmem-

brane potentials. (4) Biophysical properties monitored by these probes are strongly

linked to key biological structures and functions, such as membrane lipid domains

and apoptosis.
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Lateral Membrane Heterogeneity Probed

by FRET Spectroscopy and Microscopy

Luı́s M.S. Loura and Manuel Prieto

Abstract Förster resonance energy transfer (FRET) is a photophysical process

highly dependent on interchromophore distance. Due to this feature, it is very

sensitive to membrane lateral heterogeneity, as the donor and acceptor fluorophores

involved in FRET tend to have different preference for distinct types of lipid bilayer

domains. In this chapter, the basic formalisms of FRET in situations of increasing

complexity (from a single donor-acceptor pair at a fixed distance to non-random

probe distribution) are presented and illustrated with selected examples from the

literature. The importance of time-resolved fluorescence data is emphasized. It is

shown that FRET can be used to study the occurrence of domain formation,

allowing their detection as well as size estimation. Lateral lipid distribution hetero-

geneity may also result from peptide- or protein-lipid interaction. Formalisms that

apply to these situations are also presented, as well as selected examples of their

use. Applications of FRET under the microscope have recently come to the fore,

and representative studies are mentioned.
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1 Lipid Bilayer Phase Separation and Membrane Domains

The fluid mosaic model of biological membranes [122] emphasizes membrane

fluidity and free lateral diffusion of membrane components. This led to the

generalized idea of biomembranes as solutions of proteins embedded in bilayers

of randomly distributed phospholipids. However, over the past few decades, it has

become accepted in the field of membrane biophysics that lipid lateral heteroge-

neous distribution exists both in natural and model membranes. Because lipids in

general do not mix ideally, the primary driving force for lipid phase separation

stems from lipid-lipid interaction, although the presence of proteins can modulate

this process, as commented below.

Lipid lateral phase separation was first detected and characterized in binary

phospholipid lipid mixtures, in which the two components differed significantly

in their main transition temperatures (Tm). This difference could be the result of a

discrepancy in acyl chain length (e.g., 12:0,12:0 (m:n denotes a chain withm carbon

atoms and n double bonds) phosphatidylcholine (PC)/18:0,18:0 PC; [85]), degree of
unsaturation of the acyl chains (e.g., trans-D9 18:1, trans-D9 18:1 PC/18:0,18:0 PC;

[146]) or headgroup structure (e.g., trans-D9 18:1, trans-D9 18:1 PC /16:0, 16:0

phosphatidylethanolamine (PE); [146]) of the two mixture components. The fact

that phase separation occurs for mixtures of lipids coexisting in cell membranes

under conditions close to physiological (e.g., [86]) made the detection and charac-

terization of this kind of lateral heterogeneity of considerable interest in the

biophysical and biochemical communities (e.g., [148]). The composition-

temperature phase diagrams, derived under equilibrium conditions at constant

pressure (and ionic strength, etc.), are a convenient way to represent this type of

behavior for each pair of phospholipids. The classic book by Marsh [86] collects

several of these examples, and a second, much expanded edition is expected around

the time of publication of this work.

Another group of lipid mixtures that have been intensely used are phospholipid

(mainly PC)/cholesterol (chol) binary systems. These mixtures’ properties and

interaction with peptides and proteins are of importance due to the high abundance

of chol in mammalian plasma membranes. From the studies in model systems,

important conclusions have been inferred about the role of sterols in biomembranes.

The well-known effects of chol on the bilayer properties (see, e.g., [7, 96]) have

been rationalized considering that in the presence of high amounts of chol in a PC
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bilayer, the membrane is in a liquid ordered (lo) phase (using the nomenclature

introduced by Ipsen et al. [58]), with intermediate properties between those of the

gel and the fluid. This designation highlights the facts that the translational diffu-

sion is closer to the fluid phase (the diffusion coefficient in the lo phase is only two

to three times lower than for the pure fluid phase of the PC), but the acyl chains are

in a much more ordered configuration. In this nomenclature, the gel and fluid phases

are designated by solid ordered (so) and liquid disordered (ld), respectively. The

phase diagram is monotectic, and for intermediate chol concentrations, phase

coexistence occurs: so and lo, below the monotectic temperature (which is close

to Tm), and ld with lo, above the monotectic temperature (a recent collection of

these diagrams has been published; [87]). The latter corresponds to fluid-fluid phase

separation, which is thought to be of biological relevance, namely, to the raft

phenomenon (e.g., Brown and London [16]). These were at first operationally

defined as insoluble membrane fractions upon detergent extraction (the so-called

detergent resistant membranes, DRM), and their composition revealed that they

were rich in chol, spingomyelin, and saturated lipids. Later, these membrane

patches, which were intensively studied both in membrane biophysics and cell

biology, were described as liquid-ordered on the framework of the above-

mentioned type of phases postulated in the presence of chol. Although phase

separation was not a novelty in itself, the very pictorial raft concept bridged the

fields of membrane biophysics and cell biology, and the communication between

these two communities was instrumental to develop a very active research on both

natural membranes and their model systems.

It should be mentioned that for PC/chol systems, the most studied being

16:0,16:0 PC/chol, there are several phase diagrams reported that differ consider-

ably (e.g., [72, 92, 140]). The discrepancies are probably related to the similarity

between the two phases, which makes differentiation between them difficult [149].

Nevertheless, some of those discrepancies have been rationalized in a study of one

of the archetypal raft model systems, the 16:0,18:1 PC/N-palmitoylsphingomyelin

(PSM)/chol mixture [33]. Following this work, ternary lipid mixtures of high

melting/low melting/chol (proposed as minimal model systems of raft-forming

lipid mixtures) have been studied and described in terms of fixed-temperature,

fixed pressure, ternary phase diagrams [52].

Several interconnected concepts can be misdealing, among them phases and

membrane domains, and also the problem of their sizes. Phases and phase diagrams

only apply to systems under thermodynamic equilibrium, and it should be stressed

that this situation can be a very slow process. In a situation of very strong mismatch

of two lipid components, i.e., when the driving force is very high, the time that it

takes to attain equilibrium upon a system perturbation is on the scale of hours for

gel-fluid phase separation [32, 63]. However, even considering that a cell mem-

brane is not under equilibrium, phase diagrams are instrumental to the rationaliza-

tion of the processes that can occur in a natural membrane. Also according to

thermodynamic considerations, phase separation would proceed until completion in

order to decrease line tension, so this would imply that the observed domains,

whatever the methodology used, should be very large. This is observed for gel-fluid

phase separation where the phase boundary is very steep, and defects are present.
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However for liquid-ordered/liquid-disordered phase coexistence, the domains are

small (submicron, “nanodomains”), as will be discussed later in detail in this

chapter, and chol or specified lipid configurations have been invoked to be able to

reduce line tension, thus preventing their growth [121]. It should be stressed that

increasing the number of domains also leads to an entropic compensation.

The existing discussion in the literature about domain sizes was prompted by the

different information obtained according to the different type of experimental

approach used to detect and study them. While in natural membranes there is

clear evidence that domains are in general small (10–100 nm, nanodomains) (see

e.g., [59, 68, 90]), in model systems different answers were obtained depending on

the methodology used. Under a confocal microscope, large (micron size) domains

can be observed in suitable systems, namely, ternary systems with ld/lo phase

separation, but up to now no phase separation was detected for binary systems

with cholesterol [136]. This is in general attributed to the very small size of these lo

domains, below the lateral resolution of the microscope (~300 nm), and it prompts a

global discussion about the type of phase diagrams (and thus the phases and domain

sizes) that are described in the literature. There is a clear disagreement when

comparing the ones coming from microscopy data, with the ones obtained from

spectroscopic approaches such as fluorescence and ESR as described by, e.g.,

Veatch and Keller [137]. From fluorescence spectroscopy, and in particular using

FRET with adequate modeling, as described later in this chapter, clear evidence for

nanoscopic domains is obtained and the same happens, e.g., from residence times

data in the submicrosecond regime in ESR spectroscopy [22]. Therefore, more

detail is obtained from spectroscopic approaches which do not miss the existence of

small domains (and so phase separation). Along this way the use of “spectroscopic

diagrams” was suggested [4]. Microscopy is however invaluable in the way that it

allows direct visualization of lipid domains, and we can foresee in the future fast

development in this area, such as near-field scanning optical microscopy (see [38]

for a review), stimulated emission depletion microscopy, and related “super-

resolution microscopy” approaches (see [102] for a review), which allow a

closer-to-molecular resolution (~30 nm) as compared to standard confocal. Also,

recently, in a powerful conjugation with AFM (e.g., [25]), this technique has been

instrumental in the study of membrane domains.

Another subject under discussion is whether the nanodomains (assuming they

are not transient density fluctuations) should be considered as phases, otherwise the

phase diagrams based on their detection, as well as the respective tie-lines, would

have no meaning. Apart from the problem that phase separation will not go up to

completion as discussed before (but the same happens for the larger domains

micron size domains detected by microscopy), there is no critical restriction on

size that would prevent the phase concept of being applied to them. In addition, they

are formed at least by a few thousand molecules, i.e., they are large enough for their

rationalization as a phase in the framework of statistical thermodynamics. Another

relevant aspect is that spectroscopic methodologies allow the derivation of phase

diagrams that are thermodynamically consistent.

It should be mentioned that the structure and dynamics of biological membranes

and their model systems constitute a very lively research area, and also the concept
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of chol-induced lo and ld phases mentioned above has been questioned in recent

literature using different approaches, e.g., X-ray diffraction [64] and NMR data

[138]. However, in this chapter the discussion about phases and chol will be carried

out in the framework of ld/lo phase separation, as this conceptualization proved to

be instrumental in the rationalization of membrane biophysics.

Another source of lateral distribution heterogeneity is preferential interaction of

proteins with selected lipids. These interactions are able to drive enrichment of the

bilayer around the protein in these lipids and impoverishment in others, creating

local heterogeneities that can potentially extend to several lipid shells around the

protein. Some superficial membrane proteins demonstrate specific binding to some

lipid classes, a phenomenon that can control protein recruitment to the membrane

and activate signaling cascades [30]. In addition, transmembrane proteins display

differential interactions with lipids of different acyl-chain lengths due to packing

constraints in the lipid/protein hydrophobic interface, that have a significant effect

on the activity of several proteins. Membrane proteins also have been shown to

present binding sites for lipids in hydrophobic pockets away from the protein/lipid

interface and binding of specific lipids to such sites is essential for activity in

several cases [71]. In this chapter, we dedicate a subsection covering studies

concerning protein-induced lipid heterogeneous distributions.

In all cases, we will focus on the application of Förster resonance energy transfer

(FRET) to the systems at hand. For this purpose, it is useful to describe the basic

formalisms of FRET and how they can be used in situations where molecule

distribution is not uniform. This is done in the following section, which is organized

in terms of increasing complexity (from the fixed donor-acceptor distance case to

non-random fluorophore distribution formalisms, and from one-component, one-

phase lipid bilayers to two- and three-component, phase-separated systems). Lipid

distribution heterogeneity arising from protein-lipid interactions is described in a

separate subsection. A brief finalizing section is dedicated to quantitative

applications of FRET under the microscope to the study of heterogeneous lipid

distribution in very large model systems (such as giant unilamellar vesicles (GUV))

and live cell membranes. As we focus on quantitative uses of FRET, phenomeno-

logical applications are not addressed in this chapter. On the other hand, unless

explicitly mentioned otherwise, all formalisms and examples refer to the cases

where donor and acceptor species are distinct species (hetero-FRET).

2 FRET Formalisms and Their Application

in Spectroscopic Studies

2.1 One Donor – One Acceptor

FRET is a photophysical process by which an initially electronically excited

fluorophore, termed “donor,” transfers its excitation energy (and thus becomes

quenched) to another chromophore, termed “acceptor,” whose electronic
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absorption spectrum overlaps that of the emission of the donor. The latter, initially

in the electronic ground state, becomes excited upon transfer, and may (or may not)

fluoresce. FRET involves neither photon emission nor molecular contact between

the two species, but is highly dependent on the distance between them. For an

isolated donor-acceptor pair, the (first-order) rate coefficient for the FRET interac-

tion is proportional to the inverse sixth power of this distance [44]:

kT ¼ 1

t0

R0

R

� �6

(1)

In this equation, t0 is the donor excited state lifetime in the absence of acceptor,

R is the donor-acceptor distance, and R0 is the so-called Förster radius. The latter is

a characteristic length for FRET, defined as the donor/acceptor distance for which

FRET within a given donor/acceptor pair is 50 % efficient (i.e., as probable as the

other processes of donor excitation decay). In practice, the distance range for which

FRET is sensitive is between 0.5 R0 and 2 R0, as FRET efficiency varies from

98.5 % to 1.5 % in this interval. The value of R0 is characteristic of each donor/

acceptor pair in a given environment, but usually lies in the 1.5–6 nm range. It can

be calculated from spectral data using the following equation:

R0 ¼ 0:2108 k2 � FD � n�4 �
Z

1

0

IðlÞ � eðlÞ � l4dl
2

4

3

5

1=6

(2)

where k2 is the FRET orientation factor (for a definition and discussion of k2, see
[134]), FD is the donor fluorescence quantum yield, n is the medium refractive

index, I(l) is the donor normalized emission spectrum, and e(l) is the acceptor

absorption spectrum.

A convenient metric of the extent of FRET is the FRET efficiency, E, defined as
the ratio between the rate of FRET and that of donor decay considering all

pathways:

E ¼ kT
X

i

ki ¼
,

kTt (3)

where t is the donor lifetime in the presence of acceptor. For an experimental

situation where all donor/acceptor pairs are identical and fluorophore diffusion can

be neglected during the donor excited state lifetime (so that R has a fixed deter-

mined value),

E ¼ 1� t=t0 ¼ R6
0=ðR6 þ R6

0Þ (4)

An identical expression can be written for the fluorescence quantum yield. By

rearranging this equation, one obtains R:
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R ¼ R0

1� E

E

� �1=6

(5)

These equations explain the use of FRET as a “spectroscopic ruler” [128], as

it allows the measurement of distances of the order of R0 from knowledge of the

latter and measurement of E. As mentioned above, they apply strictly to a situation

where all donor/acceptor pairs have identical separating distance. In case of con-

formational flexibility, modifications can be introduced that allow recovery of

distance distributions or characterization of diffusion in a linked donor/acceptor

pair (e.g., [70], and references therein). Additionally, expressions that relate the

efficiency of FRET to geometrical parameters in a cluster of a finite number of

donors and/or acceptors can be derived by taking into account the multiple FRET

rate terms (Eq. 1) in the calculation of the overall FRET efficiency (which may be

relevant to characterize oligomerization, e.g., [73]). However, it must be stressed

that the most common situation in membranes is that of donor and acceptor

fluorophores scattered in a quasi-two-dimensional geometrical arrangement, lead-

ing to a multitude of undetermined donor/acceptor separation distances. Even

though for each particular pair Eq. 1 is still valid, the overall complexity rules out

the use of Eq. 5 for distance determination (a distance retrieved from Eq. 5 would be

a very complex average from which no useful information can be recovered). These

scenarios require modeling using formalisms for infinite planar or bilayer geometry,

as outlined in the following section.

2.2 One Donor – Multiple Acceptors in Bidimensional Media

2.2.1 Uniform Probe Distribution

We now move to the situation where all donors and acceptors are scattered in a

plane and each donor fluorophore is surrounded by a uniform distribution of

acceptors. We will assume for now that all donors are equivalent (so that one

needs only to consider one donor molecule), no lateral diffusion is operative during

the donor lifetime, and all donor/acceptor pairs have the same R0 value. From Eq. 1,

the total rate of FRET from the donor molecule under consideration to the

N acceptor molecules located inside a disk of radius Rd (and centered on this

particular donor) is

kT ¼ t�1
0 1þ

X

N

i¼1

R0=Rið Þ6
" #

(6)

where Ri is the distance between the donor and the i-th acceptor inside the disk. As

shown previously [46, 145], this approach leads to closed-form analytical solutions.

If the minimum donor-acceptor distance Re (also termed “exclusion distance”) is
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much smaller than R0 (in practice, if Re < R0/4), the time evolution of donor

fluorescence in presence of acceptor (iDA) is simply given by

iDAðtÞ ¼ exp(� t=t0Þ exp �pGð2=3ÞR2
0cðt=t0Þ1=3

h i

(7)

In this equation, Г is the complete gamma function and c ¼ N/(pRd
2) is the

average number of acceptors per unit area. In case that Re and R0 are of the same

order, the donor decay becomes more complex [145]:

iDAðtÞ ¼ exp � t

t0

� �

exp �pR2
0cg

2

3
;

R0

Re

� �6 t

t0

� �

" #

t

t0

� �1=3
( )

�

� exp pR2
ec 1� exp � R0

Re

� �6 t

t0

� �

" # !( )

ð8Þ

Here g is now the incomplete gamma function. Equation 8 also applies to the

situation where the planes of donors and acceptors are distinct but parallel,

separated by a transverse distance w [145]. This condition is often met in membrane

studies, as donor and acceptor depths of location in the bilayer are frequently

distinct. In this case, Re ¼ (Rl
2 + w2)1/2 , where Rl is the minimum donor-acceptor

lateral distance (i.e., parallel to the membrane plane).

Depending on the experimental setup, acceptors may locate in two parallel

planes rather than in a single plane. This is expected if, for example, they are

evenly distributed between the two bilayer leaflets. In this case, there will be two Re

distances, one for each plane of acceptors. Computation of iDA from Eq. 8 requires

multiplying by two additional exponential terms, identical to the last two of the

right-hand side, differing only in the value of Re.

If the FRET measurement is carried out under photostationary conditions, the

decay is not measured, and it is convenient to compare the experimental value of

FRET efficiency (Eq. 4) with that expected from the above formalism. The latter

can be computed from numerical integration:

E¼1�
Z

1

0

iDAðtÞdt
Z

1

0

iDðtÞdt
,

(9)

Here iD (equal to exp(�t/t0) for an exponentially decaying donor) is the time-

resolved donor fluorescence in the absence of acceptor.

The formalism of two-dimensional FRET was first applied to bilayer systems

(unilamellar vesicles of egg yolk PC) in the pioneering study of Fung and Stryer [46].

Four donor/acceptor pairs (using dansyl- and eosin-head-labeled phosphatidyletha-

nolamine derivatives), with spectroscopic R0 values ranging from 2.3 to 5.1 nm, were

considered. The authors analyzed steady-state FRET efficiencies with a formalism
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equivalent to the combination of Eqs. 8 and 9 above, using R0 as the sole optimized

parameter. The recovered and calculated R0 values differed less than 0.3 nm in all

cases (Fig. 1a). The authors also measured donor fluorescence decays in the presence

of varying concentration of acceptor for one of the studied FRET pairs. They verified

that even though there was excellent agreement between the experimental decays and

the theoretical expectations for low acceptor concentrations, deviations become

apparent for higher acceptor loads (Fig. 1b). The observation of slower decays than

predicted at short times was interpreted by the authors as possibly reflecting fewer

short-distance donor-acceptor pairs than statistically expected, owing to both donor

and acceptor probes being negatively charged. This shows that, right from the very

first FRET application to bilayer systems, several important features were revealed:

first, FRET in fluid bilayers was overall well described by the analytical two-

dimensional formalism; second, deviations can be interpreted in terms of non-

homogeneous fluorophore distribution; third, these deviations are much more evident

in time-resolved experiments compared to steady-state conditions. The authors
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Fig. 1 (a) FRET efficiency as a function of the surface density of energy acceptor (acceptors

per phospholipid) for four donor-acceptor pairs in egg yolk PC vesicles: N-(2-dimethyl-

aminonaphthalene-6-sulfonyl)phosphatidylethanolamine (2,6-DPE) to N-(2-dimethylamino-

naphthalene-5-sulfonyl)phosphatidylethanolamine (2,5-DPE) (open triangles); 2,6-DPE to

N-eosin-N’-phosphatidylethanolaminothioureia (EPE) (filled squares); N-(l-dimethylamino-

naphthalene-5-suIfonyl)phosphatidylethanolamine (1,5-DPE) to EPE (open circles); and

2,5-DPE to EPE (filled triangles). The lines are best-fit curves using the model of uniform

probe distribution with R0 values of 25.5, 37.5, 49, and 46 Å, respectively (compared with the

values calculated from spectral data, 22.8, 39.1, 51.2, and 48.7 Å, respectively). (b) Fluores-

cence emission kinetics of 2,6-DPE in PC vesicles containing 0,0.004,0.01, and 0.02 molecules

of EPE per molecule of PC (dashed lines). Synchrotron radiation was used as a pulsed light

source (lexc ¼ 350 nm, emission was viewed through a 440-nm interference filter). The decay

curves were calculated using R0 ¼ 39.5 Å. Re ¼ 8.4 Å and t0 ¼ 13.2 ns, and then convoluted

with the light pulse (solid lines) (Reprinted from Fung and Stryer [46] with permission.

Copyright 1978 American Chemical Society)

Lateral Membrane Heterogeneity Probed by FRET Spectroscopy and Microscopy 79



rightly predicted that FRET would become a most valuable tool for the study of

phenomena including lipid phase separation and protein oligomerization.

Following this study, it took some time for quantitative applications of FRET

(rather than phenomenological studies, which are not considered here) to mem-

brane heterogeneity to fully blossom. This can be understood by noting that

laboratories equipped with laser excitation sources, capable of adequate time

resolution, were relatively scarce during much of the 1980s and even the 1990s,

and analysis of time-resolved FRET data with formalisms such as described above

was overwhelmingly slow before the development of affordable modern

computers. At first, following Fung and Stryer’s study, applications of the uniform

distribution formalism to one-component bilayers aimed at verifying the applica-

bility of Förster FRET theory to model membranes using different FRET pairs.

From time-resolved data of FRET from N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)
(NBD)-16:0,16:0 PE to N-(lissamine–rhodamine B) (Rh)-16:0,16:0 PE in

18:1,18:1 PC [69], a linear variation of the recovered c parameter as a function of

the acceptor concentration was verified, as expected, allowing the calculation of the

area per lipid molecule. This dependence was also verified in FRET from

octadecylrhodamine B (ORB) to 1,10,3,3,30,30-hexamethylindotricarbocyanine

[DiIC1(7)] in fluid 16:0,16:0 PC large unilamellar vesicles (LUV) [76]. In this

study, a modified Eq. 7 was derived for biexponentially decaying donors, and the

decays were globally analyzed, with linkage of donor lifetimes and preexponential

ratio. However, analysis of the decays for the same system but below the main

transition temperature was not successful, pointing to probe aggregation in the gel

phase, possibly in line defects in the gel-phase structure. In this situation, the

traditional framework, derived assuming a random distribution of probes, is no

longer valid. This situation was also verified for the N-NBD-16:0,16:0 PE/N-Rh-
16:0,16:0 PE pair in the same system [77]. In the latter study, a generalized FRET

model, assuming distribution of acceptor concentrations [74], was also applied.

Presently, the uniform distribution formalism is still used as a test of whether

addition of a new component to a given one-phase lipid bilayer system induces

compartmentalization and/or phase separation. This would be detected in the failure

to analyze FRET kinetics with uniform probe distribution formalisms. Recent

examples of this kind include a study that demonstrated the absence of clustering

of phosphatidylinositol-(4,5)-bisphosphate (PI(4,5)P2) in a fluid PC matrix at slightly

above physiological pH, following the satisfactory description of FRET between 1,6-

diphenylhexatriene (DPH) and NBD-labeled PI(4,5)P2, in 16:0, 18:1 PC vesicles with

5 mol% of total PI(4,5)P2 [43] at pH 8.4. On the other hand, time-resolved FRET

between the tryptophan residues of acetyl-GWW(LA)8LWWA-amide peptide

(WALP23) to the fluorescent chol analog dehydroergosterol (DHE), both with and

without added equimolar amounts of chol, could be satisfactorily globally analyzed

assuming uniform DHE distribution in the bilayer [51]. This FRET pair (tryptophan/

DHE) was also used in a study of the hypothetical affinity of the gM4 peptide from

the muscle acetylcholine receptor (donor: Trp453) for chol (acceptor: DHE) in the lo

phase of 16:0, 18:1 PC/Chol. The measured FRET efficiencies were significantly

lower than expected, which was interpreted on the basis of formation of peptide-rich,

sterol-depleted patches [34]. Higher FRET efficiency than expected was observed
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between M13 major coat protein labeled with N-(iodoacetyl)aminoethyl-

1-sulfonaphthylamine (IAEDANS, donor) and N-(4,4-difluoro-5,7-dimethyl-4-

bora-3a,4a-diaza-s-indacene-3-yl)methyl iodoacetamide (BODIPY, acceptor) in

supposedly monophasic (fluid) bilayers of cis-D13 22:1, cis-D13 22:1 PC/18:1, 18:1

PC and cis-D9 14:1, cis-D9 14:1 PC/18:1, 18:1 PC, due to formation of domains

enriched in the protein and the matching lipid (18:1, 18:1 PC; [41]).

Sometimes addition of a component leads to changes in FRET efficiency that are

not related to phase separation, but to other morphological changes in the lipid

organization. This was the case in recent studies of mixed PC/anionic lipid

(phosphatidylserine, PS) vesicles incubated with a basic peptide (K6W; [80]) or

protein (lysozyme; [27]), where formation of stacked lipid multilayers, bridged by

peptide or protein, was concluded. Whereas the observed FRET efficiency

variations could be due to either lateral demixing or multilayer formation, global

analysis of time-resolved data can clearly distinguish between the two situations. In

the mentioned studies, no significant lateral phase separation takes place. The

variations in the extent of FRET result from multilayer formation, and it was

even possible to measure the spacing repeat distance in these structures.

2.2.2 Phase Separation into Large Domains

Although the above equations refer to uniform fluorophore distribution, the generali-

zation to a biphasic environment is straightforward, provided that the two phases

involved are organized in large domains on the FRET length scale (i.e., much larger

than R0). The key idea is that in such a situation there are two donor and two acceptor

populations, each characteristic of one of the coexisting phases. Probe concentrations

are different in the two phases, but it is assumed that distribution remains uniform

within each type of domains. Additionally, the hypothesis of large domains implies

that boundary effects are negligible, that is, donors located in one phase only sense

acceptors located in the same phase, and interphasic FRET may be ignored. With

these assumptions, the donor decay in presence of acceptor is a linear combination of

the donor decays iDA,i inside the coexisting phases (labeled i ¼ 1, 2):

iDAðtÞ ¼ A1iDA;1ðtÞ þ A2iDA;2ðtÞ (10)

In this equation, the coefficients Ai are proportional to the amount of donor in the

corresponding phase (provided that molar absorptivity is the same in the two

phases), and iDA,i is given by Eq. 7 or 8 above. For each phase, characteristic values
of t0, c, R0, and possibly Re apply. Considering this, it follows that the total number

of parameters in Eq. 10 is very large, and donor decays in presence of acceptor are

best analyzed simultaneously with linked values of common parameters (global

analysis) with decays in absence of acceptor for a more accurate retrieval of the best

fitting parameter values. The latter contain information relative to the amount of
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donor and acceptor in each phase, from which the partition coefficients of these

probes may be calculated. These are defined as (e.g., [31]):

Kp ¼ P2=X2ð Þ P1=X1ð Þ= (11)

where P1 is the probe mole fraction in lipid phase 1, and X1 is the lipid phase 1 mole

fraction (therefore P2 ¼ 1 – P1 and X2 ¼ 1 – X1). The partition coefficients of

donor (KpD) and acceptor (KpA) probes can be calculated straightforwardly from the

FRET decay parameters [78],

KpD ¼ ðA2=X2Þ ðA1=X1Þ= (12)

KpA ¼ ðc2a2=t1=32 Þ ðc1a1=t1=31 Þ
.

(13)

where ai is the area per lipid molecule in phase i. These equations were originally

applied to a situation of gel/fluid phase separation in the aforementioned 12:0,12:0

PC/18:0,18:0 PC system. Two different temperatures and compositions inside the

phase coexistence range were studied. The short-tailed FRET donor, N-NBD-
12:0,12:0 PE, and a short-tailed FRET acceptor, 1,10-didodecil-3,3,30,30´-
tetramethylindocarbocyanine (DiIC12(3)), were shown to prefer the fluid phase

(rich in short-tailed phospholipid) by both intrinsic anisotropy, lifetime and FRET

measurements, in agreement with published reports. The other studied FRET

acceptor, long-tailed probe 1,10-dioctadecil-3,3,30,30-tetramethylindocarbocyanine

(DiIC18(3)), was expected to prefer the gel (rich in long-tailed phospholipid), on

account of hydrophobic matching considerations [95]. While intrinsic lifetime

studies indeed indicated preferential partition of DiIC18(3) into a rigidified envi-

ronment, FRET analysis pointed to an increased donor-acceptor proximity as a

consequence of phase separation. These apparently conflicting results were

rationalized on the basis of segregation of DiIC18(3) to the gel/fluid interphase. In

order for fluid-located donors to sense these interphase-located acceptors, fluid

domains should be small (not exceeding ~10–15 nm). This work shows that

membrane probes which apparently prefer the gel phase may show a nonrandom

distribution in this medium (in agreement with the study described above for pure

DPPC gel phase LUV) and tend to locate in an environment which simultaneously

leads to less strict packing constraints and to favorable hydrophobic matching

interactions.

The dynamics of domain growth was also studied in the 12:0,12:0 PC/18:0,18:0

PC (equimolar composition) [32]. LUV were first equilibrated at 65 �C, a tempera-

ture above the Tm of both lipids, where the system is in the one fluid (supposedly

homogeneous) phase situation. The lipid vesicles contain also a probe that

partitions preferentially to the gel (trans-parinaric acid, t-PnA) and another that

prefers the fluid phase (N-NBD-12:0,12:0 PE ). Then, a sudden thermal quench to

20 �C is carried out, and the lipid mixture is rapidly taken to the gel/fluid phase

coexistence region of the phase diagram (Fig. 2a). The FRET efficiency as a

function of time was measured and, as expected, it decreased, because as domains
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form and grow due to the differential portioning of the probes, the donor is sensing a

decreasing local concentration of acceptors. The process has a dynamics on the

time-scale of hours. The trend of FRET efficiency with time could be well described

by an exponential function with a nonzero value at infinite time (E ¼ 0.19), equal

to the calculated value considering infinite phase separation (Fig. 2b). This shows

that domains are at least 5–10 times R0 [79], in apparent contradiction with the

study described above with DiIC18(3) as acceptor. These two sets of results can be

reconciled by assuming that DiIC18(3), by probably accumulating in the gel/fluid

interface, lowers the line tension of the interface separating the two coexisting

phases, promoting bilayer reorganization into smaller domains. This effect would

not occur with t-PnA, which is able to accommodate its single chain in the bulk gel.

Besides probe partition, the composition/temperature (x, T) phase diagram

boundaries (x1 and x2, corresponding to pure 1 and 2 phases, respectively) may

also be obtained from the time-resolved FRET parameters [79]. To show this, we let

F be the overall acceptor mole fraction and Fi be the acceptor mole fraction within

phase i. The latter is related to ci according to

Fi ¼ ciai (14)

By inserting the Fi values into the acceptor mass balance equation,

F ¼ F2ð1� X1Þ þ F1X1 (15)

X1 and X2 can be straightforwardly calculated, even for an unknown phase

diagram. If this is carried out for two points, A(xA, T) and B(xB, T), and combined

Fig. 2 (a) Phase diagram 12:0,12:0 PC/18:0,18:0 PC (adapted from [3]). The initial temperature

(Ti) and the three final temperatures (Tf) after the thermal quenches are shown. (b) FRET efficiency

E from t-PnA to N-NBD-12:0,12:0 PE vs. time equimolar 12:0,12:0 PC/18:0,18:0 PC LUV after a

sudden thermal quench from Ti ¼ 65 �C (fluid phase region) to Tf ¼ 20 �C in the gel/fluid

coexistence region. The line is the best fit of an exponential function with a nonzero infinite

value, and the residuals are shown in the insert. The two limiting E values were calculated

assuming uniform distribution of both probes at zero-time (dashed line above in the plot) and

complete phase separation at infinite time (dashed line below in the plot), respectively (Reprinted

from de Almeida et al. [32] with permission. Copyright 2002 Biophysical Society)
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with the lever rule, one obtains the following simple expressions for the phase

boundaries:

x1 ¼ ðxAX2B � xBX2AÞ=ðX1A � X1BÞ (16)

x2 ¼ ðxBX1A � xAX1BÞ=ðX1A � X1BÞ (17)

If this procedure is repeated for several temperatures, the phase diagram is obtained.

More recently, Buboltz [17] developed an experimental approach (Steady-State

Probe-Partitioning FRET or SP-FRET) for characterization of phase separation in

lipid membranes, based on acceptor steady-state sensitized emission, and assuming

that the coexisting phases are much larger than R0. The procedure requires measure-

ments with different FRET pairs exhibiting complementary partitioning. Sensitized

emissions in each phase are expressed as a function of local donor and acceptor

mole fractions, and two constants including all photophysical effects in the respec-

tive phase. On the low acceptor concentration regime, this relationship was signifi-

cantly simplified [18]. Information on the phase boundaries can be obtained from

the detection of the lipid compositions for which the gradient of sensitized acceptor

emission relative to composition was maximal. In turn, model fitting to the

sensitized fluorescence data, together with knowledge of the phase boundaries of

the lipid system under study, allows for determination of the probes’ interphasic

partition coefficients as the sole fitting parameters. The author successfully applied

this approach to the study of gel/fluid phase separation in 12:0,12:0 PC/18:0,18:0

PC mixtures by globally fitting data obtained from two different combinations of

donor/acceptor pairs. The need for multiple donor/acceptor pairs is a consequence

of the degeneracy of the model with respect to the partition coefficients of the

probes in each set of measurements.

In another study, the same methodology for detection of phase boundaries was

used for the characterization of the 18:1,18:1 PC/16:0,16:0 PC/chol lipid mixture

[19]. Fluorescence data from 1294 independently prepared samples were analyzed

and phase boundaries were obtained from the gradients of acceptor sensitized

emission from 3,30-dioctadecyloxacarbocyanine (18:0-DiO), using DHE as the

FRET donor (Fig. 3). Three different regions of phase coexistence were clearly

identified (gel/fluid, lo/ld, and lo/Chol crystals), presenting some discrepancies

relative to confocal fluorescence microscopy (CFM) and solid-state NMR studies

[136, 139]. Notably, the lo/ld coexistence range is narrower at room temperature

(not extending beyond 33 mol% Chol, compared to 50 mol% for the CFM bound-

ary). Also, as the temperature increases, coexistence in that region extends in its

entirety to higher 16:0, 16:0 PC content, whereas for CFM measurements only the

ld boundary is affected. The authors attribute this discrepancy to the use of different

methodologies in sample preparation. CFM and solid-state NMR require film

deposition of lipid to produce GUV or oriented membranes, and this might result

in increased susceptibility to demixing of lipid components, while in this study,

polydisperse multilamellar vesicle suspensions were prepared through the rapid

84 L.M.S. Loura and M. Prieto



solvent exchange method, which does not require formation of this intermediate

lipid film. Interestingly, two other studies on this ternary system were recently

published, neither of which restricted to GUV. De Almeida et al. [36], using a

combined time-resolved fluorescence microspectroscopic approach (i.e., fluores-

cence lifetime imaging microscopy and microscopic fluorescence decays measured

in GUV, and macroscopic fluorescence decays measured in large unilamellar

vesicles), established the existence of the three-phase triangle near the 16:0/16:0

PC corner, thus narrowing the lo/ld range previously reported [139]. In the same

year, an NMR study of multilamellar vesicles by Veatch and coworkers [138]

indicated that lo/ld coexistence region does not extend beyond 35 mol% chol for

10–37 �C. SP-FRET was also the basic tool used recently in the study of 18:0,18:0

Region C:

Region A:
L0 + Chol-Xtals

A
B

C

Region B:

Lα/0 + Lβ

Lα + L0

Fig. 3 Derivation of the

phase boundaries of the

18:1,18:1 PC/16:0,16:0 PC/

chol phase diagram using

SP-FRET. Changes in

sensitized acceptor

fluorescence are plotted

versus lipid composition in

triangular coordinates. In the

scatter plot on top, each data

point corresponds to an

independently prepared

sample (1,294 total). The

bottom plot shows a smooth

surface fit to the same data

(Reprinted from Buboltz et al.

[19]. Copyright 2007

American Chemical Society)
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PC/16:0,18:1 PC/chol and 18:0,18:0 PC/18:0,18:1 PC/chol, revealing the existence

of small liquid domains, not observable by optical microscopy [48].

2.2.3 The Intermediate Case: Nanometer-Sized Domains

Many spectroscopic and other (calorimetry, X-ray diffraction) techniques have been

informative in the identification of the phases present in a lipid mixture and in the

derivation of phase diagrams (e.g., [52, 87]), and certainly are better suited than

FRET to this purpose. On the other hand, it is certainly more convenient to use the

variation of fluorescence parameters such as steady-state intensity, anisotropy, or

lifetime to characterize the partition of membrane probes and fluorophore-bearing

biomolecules, rather than to estimate them from the FRET decay fitting parameters.

The major advantage of FRET is that its distance dependence, as expressed in Eq. 1,

warrants a unique sensitivity to compartmentalization in its characteristic length

scale, that is, of the order of R0. Concerning membrane organization in particular,

this feature allows FRET to report on formation of nanometer-sized domains,

smaller than the limit of conventional optical microscopy. Consider the case

of probes with complementary phase preference (Fig. 4). Phase separation will

increase donor-acceptor separation and hence render FRET less efficient. However,

if the domains formed are of the order of R0, FRET between donors and acceptors

located in distinct phases is significant, and FRET efficiency will fall between the

values expected for the single-phase and two-infinite-phases scenarios. However,

the obvious loss of symmetry and topological complexity of this intermediate

regime has precluded the derivation of an exact solution of the FRET equations

that allows convenient retrieval of the domain size for a given system. Several more

or less approximate methodologies have been developed since the last decade to

estimate domain sizes, which are succinctly described below.

Loura et al. [79] applied the infinite phase separation formalism described in the

previous section to FRET between N-NBD-14:0, 14:0 PE (donor) and N-Rh-14:0,

Fig. 4 Pictorial view of FRET between donor and acceptor preferring different phases in situation

of: left panel – no phase separation (random distribution); middle panel – phase separation with

small domains; right panel – phase separation with large domains (infinite phase separation limit)

(Reprinted from de Almeida et al. [37] with permission. Copyright 2009 Elsevier)

86 L.M.S. Loura and M. Prieto



14:0 PE (acceptor) dispersed in mixed 14:0, 14:0 PC/chol vesicles. The phase

diagram for this system was known from discontinuities in electron spin resonance

spectroscopy experiments and breaks in the behavior of the diffusion coefficient as

determined from fluorescence recovery after photobleaching [3]. Six temperature/

composition points were explored inside the lo/ld phase coexistence region: chol

mole fraction xchol ¼ 0.15, 0.20, and 0.25, at temperatures T ¼ 30 �C and 40 �C.
The partition coefficients of the probes were determined from variation of steady-

state intensity (N-Rh-14:0, 14:0 PE) or anisotropy (N-NBD-14:0,14:0 PE), revealing
complementary phase preference (N-NBD-14:0,14:0 PE prefers the lo phase,

whereas N-Rh-14:0, 14:0 PE prefers the ld phase). Donor decays (both in presence

and absence of acceptor) were successfully analyzed, from a statistical point of view,

using the formalism outlined above. For xchol ¼ 0.25, corresponding to high lo

phase fraction Xlo, acceptor coefficient values calculated from FRET decay

parameters using Eq. 13 compared well with those retrieved from variation of

fluorescence intensity, indicating validity of the infinite-phase-separation assump-

tion. However, for xchol ¼ 0.15 and 0.20, corresponding to lower Xlo, the FRET-

derived KpA values were closer to unity than the non-FRET size-independent values

from fluorescence intensity variation. This behavior was also observed in the

analysis of simulated FRET decay data obtained from numerical computation

using a distribution of donor and acceptor probes in a lattice made up of small

(~3.5–10 R0) domains. The conclusion was that at variance with the high lo fraction

limit, the lo domains distributed inmajority ld phase have small size, of the order of a

few nm. Support for this also comes from the application of Eqs. 16 and 17 to

estimate the phase boundaries from FRET decay data. Whereas the pure lo phase

boundary was estimated with excellent agreement with the published phase diagram

(xlo ¼ 0.28 at T ¼ 30 �C for both studies), this was not the case at all for the pure ld

phase boundary (xld ¼ 0.18 at T ¼ 30 �C from FRET, compared with xld ¼ 0.075

from the aforementioned phase diagram). The significance of this is that FRET is

unable to detect phase separation in the 0.075 < xchol < 0.18 range because lo

domains are very small (of the order of R0 or smaller) for these compositions.

This study served as a blueprint from subsequent estimates of domain size in

more complex systems by our group. In these studies, FRET efficiency is typically

measured for several points along the phase coexistence tie-line. If the variation in

E follows that predicted taking into account probe partition and assuming infinite

phase separation, then formation of large domains (in the FRET scale) is inferred.

Otherwise (e.g., if FRET between probes that have complementary phase prefer-

ence fails to decrease upon entering the phase coexistence region), formation of

small domains is deduced. Using the N-NBD-16:0,16:0 PE/N-Rh-18:1, 18:1 PE

FRET donor/acceptor pair, de Almeida et al. [35] arrived at similar conclusions

(small domains in the low Xlo range, large domains in the high Xlo range) for the

16:0,18:1 PC/N-palmitoylsphingomyelin (PSM)/chol raft-mimicking system,

allowing rationalization of apparent discrepancies observed in the literature (e.g.,

16:0,18:1 PC/chol heterogeneity was detected from size-independent fluorescence

spectroscopy data [33, 89], but not from resolution-limited CFM [136]). On the
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other hand, Silva et al. [119] detected formation of large ceramide platforms in the

16:0,18:1 PC/palmitoylceramide system using FRET from ceramide gel-located

t-PnA donor to fluid phase probe N-NBD-18:1,18:1 PE.

The approach of measuring the variation of FRET efficiency along a tie-line may

also be used to assess the eventual perturbation induced by the addition of a foreign

molecule to a given lipid mixture. The effect of physiologically relevant ceramide

(Cer) concentrations (�4 mol %) on the lo/ld coexistence range of the POPC/PSM/

chol system was also investigated [120]. For these systems, three donor/acceptor

pairs were selected to obtain information regarding (1) ld-lo phase separation,

i.e., alteration in lipid raft organization (N-NBD-16:0,16:0 PE/N-Rh-18:1,18:1
PE); (2) gel-lo phase separation, thus, the organization between the so-called Cer-

platforms and lipid rafts (t-PnA/ N-NBD-16:0,16:0 PE); and (3) gel-fluid (ld þ lo)

phase separation (t-PnA/ N-NBD-18:1,18:1 PE). Data obtained for the first pair

gave support to the hypothesis of ability of Cer to form gel domains only in the low

chol range. Because in the presence of Cer, and in the low chol range, FRET

efficiency increased, the inability of Cer to induce the coalescence of raft domains

was concluded. Additional topological information of this complex system is

obtained with the two other pairs, namely, the size of the gel domains. Because

t-PnA (donor) has a strong preference toward Cer-enriched gel phases, while both

acceptors (N-NBD-16:0,16:0 and N-NBD-18:1,18:1 PE) are excluded, when gel

domains are formed, FRET efficiency decreases. Once again, this was observed for

Cer-containing raft mixtures in the low chol range. Because the acceptors are

completely excluded from Cer-gel domains, it is possible to estimate the size of

the latter assuming that (1) FRET within gel phase does not occur because acceptors

are excluded, (2) there is FRET from the gel to the fluid phase, (3) FRET occurs

within the fluid phase. Furthermore, it is necessary to take into account the

concentration of the donor in each of the phases (determined according to its

partition coefficient), the amount of gel phase formed, and the existence of a gel-

located donor/fluid-located acceptor exclusion distance, Re, which was interpreted

as an estimate of the gel domain size. It was found that Cer associates with PSM to

form small, ~ 4 nm, gel domains. By noting that higher efficiencies were obtained

for the t-PnA/N-NBD-16:0,16:0 pair compared to the t-PnA/ N-NBD-18:1,18:1 PE

pair, and taking into account that N-NBD-16:0,16:0 PE prefers lo phase to ld,

whereas N-NBD-18:1,18:1 PE does not discriminate between these two phases, it

was concluded that Cer/PSM-enriched gel domains were surrounded by lo (rather

than ld) phase. The foreign molecule may be a peptide or protein, as recently

exemplified in a study of the effect of FAS death receptor’s transmembrane domain

on the domain size of the 16:0,18:1/PSM/chol phase diagram [21].

More recently, other authors have proposed methodologies aimed at the estima-

tion of domain size using FRET. Towles and collaborators published two different

analytical approaches recently [15, 132]. These formalisms rely on subtle

(but restricting) approximations, which are discussed in detail elsewhere [81].

A convenient way to study the relationship between the FRET observables

(donor decay, efficiency) and the domain organization of phase-separated bilayers

is the use of numerical simulations. This has been done as a test of the
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abovementioned analytical formalisms [74, 79, 131, 132]. In these cases, the

simulations were used to test the authors’ analytical models and not with

the intention of providing fitting equations. This is easily understood noting that

there are too many input parameters (domain size and size distribution, domain

shape, fraction of each phase, donor and acceptor partition coefficients) to be

accommodated by a useful fitting scheme.

Recent simulation works have addressed the limits of FRET in the determination

of domain sizes. Using stochastic simulations, Kiskowski and Kenworthy [66]

calculated the dependence of FRET efficiency on acceptor concentration for a

planar geometry with disklike domains. Two scenarios were considered:

co-localization of donors and acceptors inside the domains and segregation of

acceptors to the other phase with donors inside the domains. The authors showed

that the local acceptor concentration inside the domains (and hence the domain

fractional area) could be recovered from the first type of probe distribution, unlike

the domain radius. However, the latter could be estimated from the acceptor

segregation scenario, namely, for small and intermediate-sized domains. The

authors chose to study the extreme situations of co-localization inside the domains

(corresponding to domain/continuous phase partition coefficients KpD ¼ KpA¼1)

and total acceptor segregation (KpD ¼ 1, KpA ¼ 0). However, to model the effect

of physical finite Kp values, simulations in which the probes are distributed taking

them into account must be performed.

This was fully taken into account in a recent report by Šachl et al. [115]. These

authors investigated, using numerical simulations, the feasibility of resolving

domain sizes (judged by the resulting ratio between steady-state donor fluorescence

intensity in the phase-separated system and that expected for uniform probe distri-

bution) for a variety of KpD and KpA possible values, grouped into three categories:

(1) donor/acceptor pairs reside inside lo nanodomains, (2) donor/acceptor pairs are

excluded from lo nanodomains, and (3) donors and acceptors exhibit an increased

affinity to the different phases. This latter situation (e.g., with lo/ld partition

coefficients KpD ¼ 5 and KpA ¼ 0.01) was revealed as the most favorable, being

able to resolve a broad spectrum of nanodomain sizes. However, even in this case,

domains that occupy <2.5 % of the overall area and domains with radii < R0 and

occupying <10 % of the area were shown to lie beyond experimental resolution

(unless KpD increases to values not possible with current probes). On the other hand,

currently available donor/acceptor pairs in which both probes prefer the same phase

are not feasible for determination of domain sizes < 20 nm.

An altogether different approach was recently applied to the study of the Brain

sphingomyelin (BSM) /16:0,18:1 PC/chol study based on a combination of FRET

(between 1-[[(6,8-difluoro-7-hydroxy-4-methyl-2-oxo-2 H-1-benzopyran-3-yl)acetyl]

oxy]- (Marina Blue-) and NBD-head labeled 16:0,18:1 PE) and statistical mechanical

lattice Monte Carlo simulations [45]. For the purpose of FRET efficiency calcula-

tion from the simulations, the actual distance dependence of the FRET interaction

was replaced by a step function, meaning that FRET was considered to occur if the

donor-acceptor distance in a given pair is less than R0 (4.6 nm). With this simplifi-

cation and using unlike nearest-neighbor interaction parameters (the only potential
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fitting parameters in their Monte Carlo methodology) based on experimental data

(and fine-tuned by comparison with the experimental FRET), the authors were able

to observe extensive phase separation for BSM/chol/16:0,18:1 PC mole ratio

35:35:30. This agrees with the results of de Almeida et al. [35] described above,

which indicate the existence of large ld domains in this lo-rich area of the phase

coexistence range. No extensive phase separation is observed in the Monte Carlo

simulation of either of the binary mixtures BSM/16:0,18:1 PC 70:30, chol/

16:0,18:1 PC 70:30, and BSM/chol 50:50, which, as argued by the authors, agrees

with the lack of observation by fluorescence microscopy in GUV of micron-scale

phase separation in the binary sphingomyelin/chol, sphingomyelin/16:0,18:1 PC,

and chol/16:0,18:1 PC systems, unlike some ternary mixtures of these components.

2.3 Protein-Induced Lipid Distribution Heterogeneity

The studies described in the previous subsections refer mainly to heterogeneity

stemming from lipid-lipid interactions. However, proteins are ubiquitous in

biological membranes and, as mentioned in Sect. 1, differential protein-lipid

interactions may cause nonuniform distribution of lipid components in the bilayer.

Several approaches described in the literature that use FRET to characterize this

effect were critically reviewed recently [82]. Here we focus on the models proposed

by our group and their applications to three different protein systems.

2.3.1 M13 Major Coat Protein

M13 major coat protein (M13 MCP) is the main component of the M13 bacterio-

phage coat and in its mature form is a polypeptide chain 50 amino acids long,

presenting three domains which are expected to be required for the multiple

interactions that this protein establishes during the bacteriophage reproductive

cycle: (1) a single hydrophobic transmembrane segment of 20 amino acid residues,

(2) an amphipathic N-terminal arm, (3) and a heavily basic C-terminus with a high

density of lysine residues [49, 127]. ESR and fluorescence studies making use of

site-directed labeling of MCP [124, 126] allowed to conclude that Thr36 is located

in the center of the bilayer in 1,2-dioleoyl-sn-glycerol-3-phosphocholine (DOPC)

and 1,2-dioleoyl-sn-glycerol-3-[phospho-rac-(1-glycerol)] (DOPG) bilayers, while
aminoacids 25 and 46 delimit the transmembrane domain boundaries of MCP.

Insertion of M13 MCP in the bilayer milieu is expected to induce a packing

stress at the protein-lipid interface and this stress is lessened by some adaptations of

the protein [67]. However, the ability of M13 MCP to adapt to situations of

hydrophobic mismatch is limited, and in extreme cases aggregation can occur

[41]. In the case of complex lipid mixtures, it is energetically favorable to have a

distinct lipid composition in the immediate vicinity of the protein that minimizes

mismatch stress. Additionally, electrostatic effects can also drive enrichment of

particular lipids around the protein. The lipid composition of the inner membrane of
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noninfected Escherichia coli is about 70 % of phosphatidylethanolamine (PE),

25 % of phosphatidylglycerol (PG), and 5 % cardiolipin (CL). During the infection

of Escherichia coli by the M13 bacteriophage, the levels of anionic lipids in the cell

membrane are slightly increased [109], suggesting that anionic phospholipids assist

in the maintenance of a functional state for M13 MCP [49].

From ESR studies, it was known that some regularity exists in the number of

immobilized lipids per protein transmembrane segment. The value recovered for

this stoichiometry was 12, meaning that only the first layer of lipids around a

transmembrane segment is expected to be significantly immobilized by interaction

with the protein (assuming a hexagonal arrangement) [88]. Lipids in this layer are

entitled annular lipids. Spin-labeled lipids found further away from this shell,

although possibly affected by the presence of the protein segment, are not submitted

to sufficient dynamic restriction to be detected by the ESR technique. ESR studies

with M13 MCP were unable to detect significant immobilization of spin-labeled

phospholipids by monomeric M13 MCP [150]. On the other hand, oligomeric MCP

immobilized a population of phospholipids, especially at very high protein

concentrations [104]. This suggests that a single transmembrane segment inserted

in the membrane is unable to sequester a long living lipid shell around it, at least in

the ESR timescale.

The hydrophobic surface of a membrane protein is not smooth and the interface

between the protein and the lipids surrounding it is likely to be heterogeneous [71].

On the other hand, the largely fixed stoichiometry for annular lipids denotes some

ordering in the protein-lipid interface. In this way, it is possible to describe this

annular shell in terms of a uniform surface for which 12 identical binding sites are

available [88], and the process has been described as competitive binding of lipids

to the protein surface binding sites [71, 98, 111, 144].

FRET experiments assuming this model were applied to the study of the affinity

of M13 MCP to different lipid classes and chain lengths [42]. The M13 MCP

behavior in the membrane is extremely well resolved, especially in regard to its

positioning in the lipid environment, and for that reason M13 MCP was a particu-

larly attractive subject for the application of FRET as recovering quantitative

information for protein-lipid selectivity requires some degree of parameterization.

For the experiments, a M13 MCP mutant for which the Thr36 (located in the center

of the bilayer) was changed to a cysteine was specifically labeled at this position

with a coumarin fluorophore. Protein was then incorporated in liposomes composed

of unsaturated phosphocholines of different thickness, loaded with different

concentrations of N-NBD-18:1,18:1 PE, which acts as a FRET acceptor for couma-

rin, the FRET donor. FRET efficiencies were calculated from the integration of the

donor fluorescence decays and the data were analyzed on the basis of a model which

assumed two populations of energy transfer acceptors, one located in the annular

shell around the protein, whose composition is determined by protein-lipid

interactions, and the other outside it, with a random distribution unaffected by the

protein. Due to the large R0 of the coumarin and NBD pair (~39.3 Å), the donor

fluorescence decay curve had energy transfer contributions from both of these

acceptor populations:
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iDAðtÞ ¼ iDðtÞrannularðtÞrrandomðtÞ (18)

here, rannular and rrandom are the FRET contributions arising from energy transfer to

annular labeled lipids and to randomly distributed labeled lipids outside the annular

shell, respectively. All annular acceptors were assumed to be at the same distance (d)
to the coumarin fluorophore in the center of the transmembrane domain, and FRET

to each of these acceptors was associated with the rate constant given by Eq. 1, with

R ¼ d. The probability of each of the 12 annular sites to be occupied by an acceptor
depends on the acceptor molar fraction and on a relative selectivity constant (KS)

which quantifies the relative affinity of the labeled to unlabeled phospholipids:

m ¼ KS

NAcceptor

NAcceptor þ NUnlabeled lipid

(19)

where NAcceptor is the concentration of labeled lipid and NUnlabeled Lipid is the

concentration of unlabeled lipid. A binomial distribution describing the probability

of each occupation number assuming a given m (0–12 sites occupied simultaneously

by labeled lipid) is considered for the calculation of rannular:

rannular ¼
X

12

n¼0

e�nkTt 12

n

� �

mnð1� mÞ12�n
(20)

On the other hand, the FRET contribution arising from energy transfer to non-

annular lipids, rrandom, was dictated by Eq. 8, where Re was calculated from the

expected exclusion distance between the protein and lipids outside the annular shell

(sum of protein and 1.5 lipid radii to account for exclusion effect of annular lipids)

and the separation between donor and acceptor planes in the bilayer. NBD

fluorophore position in the membrane is known to be close to the surface for

phospholipid labeling in both headgroup and acyl-chains and has been determined

through several techniques [1, 23, 75, 91].

The value for NBD-labeled lipid concentration outside the annular region (c)
was also corrected for the presence of acceptors inside the annular region. Eqs. 1, 8,

18, 19, and 20 were then used to simulate donor decay curves under FRET, and

FRET efficiencies were calculated from numerical integration of these curves

(Eq. 9). During fitting of this model to experimental data, the only variable was KS.

This model was applied to the analysis of protein preference for acyl chain

thickness and headgroup selectivity. In the first set of experiments, the same

headgroup-labeled lipid N-NBD-18:1,18:1 PE, with perfect hydrophobic matching

to the M13 MCP, was added to proteoliposomes presenting different lipid mem-

brane thickness and coumarin-MCP. Coumarin-MCP quenching due to FRET to

NBD-labeled lipids was measured and the selectivity model was fitted to the data.

Different KS values were recovered for N-NBD-18:1,18:1 PE depending on the

thickness of the bulk lipid used. M13 MCP presented higher affinity for N-NBD-
18:1,18:1 PE when there was considerable mismatch between the protein and the
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bulk lipid, reflecting an enrichment of the hydrophobically equivalent lipid in the

annular shell of the protein, minimizing in this manner the hydrophobic mismatch

stress in the protein-lipid interface.

The same method was used to determine the selectivity of the protein for

different phospholipid headgroups in a second set of experiments. This time,

different acceptors were used and all studies were carried out in 18:1,18:1 PC.

The probes used as acceptors were phospholipids of identical acyl-chains (18:1 and

12:0) belonging to different phospholipids classes (PE, PC, phosphatidylglycerol

(PG), phosphatidylserine (PS), and phosphatidic acid (PA)) labeled with NBD at

the shorter acyl-chain (18:1,NBD-12:0 PE, PC, PG, PS, and PA). Larger KS values

were recovered for anionic labeled phospholipids, particularly for PA (KS ¼ 3.0)

and PS probes (KS ¼ 2.7). The PG lipid presented an intermediate affinity for the

annular shell of lipids (KS ¼ 2.3) whereas PC and PE probes induced less energy

transfer reflecting lower KS values (KS ¼ 2.0 for both). Selectivity for anionic

phospholipids is a consequence of electrostatic interaction of these with the

lysine-rich C-terminal domain of the protein. Even though the protein is shown to

present higher affinity for the labeled lipid than for the bulk lipid (KS > 1), possibly

as a result of electrostatic interactions with the NBD group, this method was further

validated by the fact that the relative association constants [KS/KS(PC labeled lipid)]

obtained were almost identical to the values obtained with ESR and the aggregated

form of the protein [104].

In this experiment, as a result of the low selectivity character of the M13

MCP protein–annular lipid interaction and the large coumarin-NBD R0, FRET

contribution from noninteracting acceptors clearly dominates over annular acceptor

contribution. This significantly reduced the sensitivity of the method, and nearly

error-free measurements of FRET efficiency and acceptor concentration are

required for the recovery of accurate selectivity constants. This limitation can be

bypassed through the use of donor-acceptor pairs presenting lower R0 for which

FRET due to acceptors in the annular shell will become more predominant.

2.3.2 Lactose Permease

Lactose permease (LacY) of Escherichia coli, one of the most intensively studied

membrane proteins, is often taken as a paradigm for secondary transport [54]. It

consists of 12 transmembrane a-helices, crossing the membrane in a zigzag fashion.

LacY translocates the substrate (specifically disaccharides containing a D-b-
galactopyranosyl ring) with H+, in a symport (cotransport) reaction. It was pointed

out early [24] that the amino groups of phospholipids such as PE are of crucial

importance for LacY function. More recently, it has been conclusively

demonstrated that LacY requires the presence of PE for its correct folding in the

membrane during biogenesis [9], its function in vivo, [8] and to maintain its correct

topology [10, 11]. In particular, LacY is fully functional when reconstituted in

mixtures of 16:0,18:1 PE/16:0,18;1 PG. FRET experiments were used to elucidate

whether one of these phospholipids is enriched in the annular region of LacY [108].

W151 of LacY was used as donor and two different pyrene-labeled phospholipids
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(a PG analog, 16:0, pyrene-10:0 PG (Pyr-PG), and a PE analog, 16:0, pyrene-10:0

PE (Pyr-PE)), were chosen as acceptors. Additionally, the effect of cardiolipin (CL)

on the annular lipid composition was also investigated.

FRET efficiencies were analyzed essentially as described for M13 MCP, with

the difference that, due to the size of the protein, the number N of annular sites

available is now much larger (46 (23 in each leaflet) instead of 12; [108]).

The donor LacY W151 was assumed to be located in the axis of the cylindrically

symmetrical protein, near the membrane interface. All acceptor fluorophores were

assumed to be located near the center of the bilayer. In this way, the distance

between donor and annular acceptor molecules was taken as identical for all

annular acceptors, independently of their membrane leaflet. Using l ¼1.2 nm as

the transverse distance between W151 and the acceptor plane and Re ¼ 3.0 nm as

the exclusion distance along the bilayer plane between the protein axis and the

annular lipid molecules, the donor–annular acceptor distance is given by R ¼ (l2 þ
Re

2)1/2 ¼ 3.2 nm. For the Förster radius, the value R0 ¼ 3 nm, reported for the

Trp/pyrene pair [130], was used, whereas for the calculation of n2, area/lipid values
of 0.56, 0.56, and 1.26 nm2 were assumed for 16:0,18;1 PE; 16:0,18;1 PG; and CL,

respectively [55, 112].

Experimental FRET efficiencies between the single Trp151 of LacY and either

Pyr-PG or Pyr-PE as acceptors were measured in the different lipid systems

(16:0,18:1 PE/16:0,18:1 PG; 18:1,18:1 PE/16:0,18:1 PG; and 16:0,16:0

PE/16:0,18:1 PG, all 3:1) at 37 �C, in order to recover the best fit values of the

model parameter m. This parameter represents the probability of finding a given

phospholipid in the annular region of LacY. The fact that higher FRET efficiencies

are obtained for transfer to Pyr-PE (0.232 � 0.028) compared to Pyr-PG

(0.165 � 0.018) in the 16:0,18:1 PE/16:0,18:1 PG system, and, in a similar way

for Pyr-PE (0.231 � 0.023) compared to Pyr-PG (0.211 � 0.038) in the 18:1,18:1

PE/16:0,18:1 PG system, is a first indicator of the selectivity of LacY for PE relative

to PG in these systems. This is confirmed by the quantitative model calculations.

Best agreement with experimental values requires an annular region composed of

approximately ~90 mol% PE in these systems, whereas 75 mol% would be

expected for random distribution of both phospholipids. In the 16:0,18:1

PE/16:0,18:1 PG mixture, the FRET data are compatible with complete PG exclu-

sion from the annular layer, which is therefore composed solely of PE

(m(PE) ¼ 1.00, m(PG) ¼ 0.00). Notably, when LacY is reconstituted in 18:1,18:1

PE/16:0,18:1 PG, the experimental FRET efficiencies indicate an enrichment of PG

in the annular region (m(PE) ¼ 0.86, m(PG) ¼ 0.14), but still in lower concentra-

tion than expected for uniform lipid distribution. Regarding the 16:0,16:0

PE/16:0,18:1 PG mixture, gel/fluid phase coexistence is expected, with 16:0,18:1

PG-enriched fluid domains coexisting with 16:0,16:0 PE-enriched gel-phase bilayer

regions. In this system, an increase in the efficiency of FRET to Pyr-PG and a

decrease in that to Pyr-PE are verified, to an extent that the efficiency of FRET to

Pyr-PG now clearly surpasses that to Pyr-PE. This is a clear indication that LacY is

preferably located in the fluid domains, where the PG acceptor probe is more

abundant.
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In addition to PE and PG, the lipid composition of E. coli’s membrane contains

5 % to 7 % of CL. To test the effects of this phospholipid on the annular region, 14:0

CL and 18:1 CL were incorporated in the 16:0,18:1 PE/16:0,18:1 PG matrix.

Incorporation of CL decreases the efficiencies of FRET when comparing to

the same phospholipid mixtures containing no CL, especially when the acceptor is

Pyr-PG. This suggests that CL displaces 16:0,18:1 PE and, more extensively,

16:0,18:1 PG from the annular region of LacY. The fact that the effect is more

pronounced for PG than for PE is probably related to the preference of the protein

for PE species as described above for the binary systems. Upon applying the FRET

quantitative model, when the acceptor is Pyr-PG, even by imposing segregation of

this probe from the first annular layer (m(PG) ¼ 0), it is still not possible to

conciliate the theoretical (0.162) and the experimental values (0.143 for 18:1 CL,

0.142 for 14:0 CL). This indicates that besides being totally excluded from the first

layer, PG is also somewhat rarefied beyond it. On the other hand, when the acceptor

is Pyr-PE, a model matching to the experimental efficiencies (0.183 for 18:1 CL,

0.196 for 14:0 CL) requires only partial replacement of PE by CL. When the CL

lipid is 18:1 CL, the retrieved composition of the annular layer is 40 mol% PE and

60 mol% CL. On the other hand, when the CL lipid is 14:0 CL, the composition of

the annular layer is 68 mol% PE and 32 mol% CL, indicating that in this case PE is

kept in close proximity of the protein, in the same proportion as in the bulk. In the

latter case, CL enrichment in the annular layer is solely produced by replacing PG.

The fact that 14:0 CL is not able to displace PE in the same way that 18:1 CL does is

probably due to the hydrophobic mismatch between the short 14:0 acyl chains and

the protein. On the whole, this study confirms that PE is the most relevant compo-

nent of the annular region and that, because it is not displaced by PG or

(completely) by CL, it appears to be tightly bounded to LacY. Selectivity of

LacY for PE and predominance of this phospholipid at the annular region, verified

and characterized by FRET measurements and modeling, provide support for a

hypothetical coupling between this lipid and LacY during the transport cycle.

The work described above was carried out mostly in PE/PG 3:1 mixtures, a ratio

identical to that found in the inner membrane of E. coli [40]. This creates a dilution
problem. For example, in an experiment where the acceptor is labeled PE, even if

the annular region would be solely comprised of PE lipid, the enrichment of labeled

PE in this layer would be only of a factor 4/3. Adding to the fact that unspecific

FRET to acceptors outside the annular layer is always present, this would imply a

rather modest increase in the expected FRET efficiency. Finally, the simple fact that

a pyrene acyl chain–labeled lipid behaves identically to unlabeled lipid of the same

class is questionable, and this cannot be resolved in an experiment where the host

lipid matrix is a two-component mixture. For these reasons (to gain increased

sensitivity and to assess the extent of correct reporting by the acceptor probes of

each class), this protein system was readdressed in a recent work [129], using

different one-component host lipid matrices. Besides, the influence of headgroup

and acyl chain composition was also investigated.

In Table 1, the experimental FRET values are listed along with the calculated m
and Ks values. As can be seen, the probability of finding labeled phospholipids at

Lateral Membrane Heterogeneity Probed by FRET Spectroscopy and Microscopy 95



the annular regions (m) is always the highest, irrespectively of the matrix, for Pyr-

PE. This behavior reflects the values of the FRET efficiency mentioned above. By

inspecting the outcome for Ks values, we notice that the largest values are obtained

for Pyr-PE in all matrices and both temperatures. It is worth mentioning that ideally

Ks ¼ 1 for any probe that mimics the non-labeled phospholipids and values

between 1 and 3 have been reported (as measured for FRET between labeled

M13 MCP and NBD lipids as described above; [42]). Therefore, these high values

of Ks obtained for Pyr-PE may indicate either an annular region extremely enriched

in the label or that Pyr-PE does not mimic well the unlabeled phospholipid.

Although this may be a handicap, if one compares across probes in the same host

lipid, it becomes clear that there is an effect of preference of Lac Y for PE over PG

and PC. Since the probes are all equal except for the headgroup, and for comparing

the different probes in the same host lipid, Ks/Ks(PE) ratios are provided in Table 1.

In the 16:0,18:1 PE matrix, m values indicate that Pyr-PG is excluded at both

temperatures and that 16:0, pyrene-10:0 PC (Pyr-PC) is excluded at 25 �C and

shows a small enrichment at 37 �C. Since Ks ¼0 means no acceptor in the annular

region, it becomes clear that at 25 �C, Pyr-PG and Pyr-PC are completely excluded.

While Pyr-PG behaves in the same way at 37 �C, LacY shows an increased

preference for Pyr-PC at this temperature. The overall results in the 16:0,18:1 PE

matrix, where LacY is folded closely to the in vivo conditions, point to the fact that

Pyr-PE should be in closer proximity than the other labels. On the other hand, m and

Ks for Pyr-PE in the POPG matrix are compatible with a moderate enrichment of

the label in the annular region. Pyr-PG is depleted from the annular region at both

temperatures when the host phospholipid is 16:0,18:1 PG. Similarly, we can

observe that Pyr-PC is also depleted when hosted by 16:0,18:1 PG at 25 �C and

that a very slight enrichment is observed at 37 �C. All these observations may be

likely related with the inverted topology of domains C6 and P7 of LacY when

reconstituted in POPG proteoliposomes [12]. Our FRET measurements in 16:0,18:1

PE and 16:0,18:1 PG matrices confirm the preference of LacY for PE and its

probable predominance in the annular ring [108]. This may support, indirectly, a

hypothetical interaction between the PE headgroup and some specific residue of the

protein [24, 123]. Importantly, recent observations have shown that uphill transport

Table 1 Probabilities of each site in the annular ring being occupied by a pyrene-labeled

phopholipid and relative association constant toward LacY, as determined by FRET. Reprinted

from Suárez-Germà et al. [129] with permission. Copyright 2012 American Chemical Society

Acceptor

16:0,18:1 PE matrix 16:0,18:1 PG matrix

m Ks Ks/Ks(PE) m Ks Ks/Ks(PE)

25 �C Pyr-PE 0.10 6.53 1.00 0.03 2.00 1.00

Pyr-PG 0.00 0.00 0.00 0.00 0.00 0.00

Pyr-PC 0.00 0.00 0.00 0.00 0.00 0.00

37 �C Pyr-PE 0.08 5.53 1.00 0.04 2.47 1.00

Pyr-PG 0.00 0.00 0.15 0.00 0.00 0.00

Pyr-PC 0.02 1.40 0.25 0.03 2.00 0.81
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occurs in E. coli in which PE has been completely exchanged by PC [13]. Since in

PE and PC matrices LacY exhibits its natural topology, this intriguing observation

pointed out to a more complex molecular interaction between the protein and the

annular phospholipids. Hence FRET measurements in PC matrices become of

interest given the fact that despite its natural topology in these matrices, LacY

only shows downhill transport in 18:1,18:1 PC proteoliposomes [142]. Pyr-PG is

slightly enriched in the annular region when the matrix is 18:1,18:1 PC (Ks >1) but

excluded from it in a 16:0,18:1 PC matrix (Ks ~ 0). However, the most interesting

result is possibly that, according to the Ks values, Pyr-PC is enriched in the annular

region in a 16:0,18:1 PC matrix (Ks >1) and excluded from it in a 18:1,18:1 PC

matrix (Ks ~ 0).

Given that 18:1,18:1 PC and 16:0,18:1 PC share the same headgroup and have

very similar hydrophobic lengths in the bilayer (2.48 vs. 2.54 nm, respectively;

[123]), this difference is probably related to the different specific curvature of the

two lipid species. It has been reported that whereas proper topology of LacY depends

on a dilution of high negative surface charge density (and hence probably the

decreased affinity of the protein for PG), rather than on spontaneous curvature

(C0; [11]), the latter appears to be crucial regarding uphill transport of lactose by

LacY in vivo [143], with negative curvature lipids like PE being required. C0

(16:0,18:1) is essentially zero, while 18:1,18:1 PC, due to its additional unsaturated

acyl chain, has a negative specific curvature (C0(18:1,18:1 PC) ¼ �0.11 nm–1;

[123]). Although its value is still far from the non-bilayer lipid 18:1,18:1 PE

(C0(18:1,18:1 PE) ¼ �0.35 nm–1; [123]), it may justify the preference of properly

reconstituted LacY for 18:1,18:1 PC rather than 16:0,18:1 PC, and hence the differ-

ential behavior in these two PC matrices regarding selectivity for labeled probes.

2.3.3 Pulmonary Surfactant Protein SP-B

Pulmonary surfactant is composed of roughly 90 % lipids and 8–10 % of specific

surfactant-associated proteins, termed in chronological order of discovery SP-A,

SP-B, SP-C, and SP-D [61]. The most abundant phospholipid species in surfactant

is 16:0,16:0 PC, which is also the main surface-active component [26, 97]. How-

ever, it is clear that surfactant lipids are not able by themselves to reach rapidly the

air/liquid interface as they are secreted by type II pneumocytes, to form operative

surface-active films. Presence of hydrophobic surfactant proteins SP-B and SP-C is

strictly required to facilitate an efficient transfer of phospholipids from surfactant

stores (in the form of bilayers) at the aqueous hypophase into the interfacial film,

along the breathing cycles [105, 106]. However, the molecular mechanisms by

which surfactant proteins participate in the assembly, transport, and reorganization

of surfactant lipids at the respiratory surface are still not well understood.

Mature SP-B is a 79-residue polypeptide, which comes from the proteolytic

maturation of a longer precursor of 381 amino acids (42 kDa) produced in type II

cells. SP-B processing is coupled with the assembly of surfactant membranes into

lamellar bodies, the specific surfactant-storing organelles in pneumocytes. In the
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native form, SP-B contains intramolecular and intermolecular disulphide bonds

stabilizing a homodimeric structure [62]. The three-dimensional structure of SP-B

has not been yet determined.

The essential role of SP-B in surfactant has been related with the ability of the

protein to promote a rapid transfer of phospholipids into air-water interfaces. SP-B,

therefore, could be required to establish an operative surface active film from the

earliest air-liquid respiratory interface. SP-B has been described to promote more or

less deep perturbations in membranes leading to lipid exchange and eventual fusion

between liposome membranes and rapid leakage of their content [100, 110, 114].

The elucidation of the mode and extent of interaction of SP-B with surfactant

membranes and films is therefore important to fully understand its structure-

function relationships. The in-depth location and orientation of SP-B in phospho-

lipid membranes as reconstituted in vitro has been a matter of controversy. On the

one hand, evidence suggests that SP-B is located in a shallow region of membranes,

with the polar positively charged sides of the helical segments interacting with

anionic phosphatidylglycerol (PG). This superficial lipid-protein interaction would

produce little perturbations on the acyl chain packing of surfactant phospholipids

[94, 99, 133]. Other experiments, in contrast, have reported significant effects

of SP-B on acyl chain order, consistent with a deeper penetration of SP-B in

membranes and a direct perturbation by the protein of their hydrophobic core

[39, 107, 118]. On the other hand, the extent of perturbation by SP-B of the structure

and thermotropic properties of phospholipid membranes resulted to be critically

dependent on the method used to reconstitute the lipid/protein complexes [28]. A

matter of discussion has also been the occurrence of selective interactions between

SP-B and anionic phospholipids in surfactant, such as phosphatidylglycerol (PG).

Inclusion of different phospholipid spin probes in membranes allowed to determine

that SP-B shows a preferential interaction with PG in membranes, compared with

other zwitterionic or anionic species, as analyzed by electron spin resonance (ESR)

spectroscopy [29, 107]. Other studies, however, have suggested that SP-B may

prefer to partition into DPPC-enriched rather than DPPG-enriched regions in

interfacial films, as detected by TOF-SIMS analysis of lipid/protein films trans-

ferred onto solid supports [14, 116].

Fluorescence from the single tryptophan (W9) in the sequence of SP-B was used

to get further insight on the location, orientation, and structural dynamics of SP-B in

different membrane environments, as well as on the existence of possible selective

interactions between SP-B and particular phospholipid species, using FRET to

NBD-labeled phospholipid probes [20]. Two different theoretical models could

describe the two main possible protein arrangements in the membrane.

In model I (Fig. 5a), a deep embedment of the protein in the membrane would

create an area of exclusion of phospholipid molecules equivalent to the surface taken

by the protein. A topologically equivalent situation would be that originated if the

protein dimer could span the whole bilayer thickness, as proposed in certain models

[147]. Donor quenching by FRET in this first model could arise from two distinct

acceptor populations: one located in a single circular layer of annular lipid

surrounding the protein, and another uniformly distributed beyond the annular region.
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The formalism for this molecular arrangement is readily adaptable from the one used

in the previous examples. However, it was verified that the theoretical efficiency

obtained with this formalism is very low when compared with the experimental

measurements for reasonable values of the model parameters. For this reason, this

model was discarded in the quantitative analysis of lipid selectivity.

Model II (Fig. 5b) assumes that the protein adsorbs to the membrane surface.

FRET can again occur to two distinct acceptor populations, one located directly

below the protein (where the possibility of acceptor enrichment due to protein-lipid

selectivity is considered) and another, located beyond this region (bulk bilayer).

Derivation details of this model are presented elsewhere [20]. Despite the differ-

ence in topology, the main fitting parameter in this formalism is again a selectivity

constant Ks, which is a measure of the preference of the protein for a given acceptor

to be located underneath, over the host lipid.

The experimental FRET efficiencies were obtained in these experiments from

the measured quenching of donor fluorescence, in 50 mM Hepes buffer, pH 7.0, in

the absence of salt or in the presence of 150 mMNaCl. Fig. 6a illustrates how at low

salt content, FRET from SP-B tryptophan is less efficient toward zwitterionic

NBD-PC than to the negatively charged species NBD-PG or NBD-PS. Similar

Fig. 5 Theoretical molecular models for the topology of SP-B in phospholipid membranes.

Panel a represents model I, where the protein insertion leads to an area volume exclusion in the

membrane occupied by the protein instead of lipids (and therefore represents an exclusion area for

FRET acceptors). Panel b represents model II, where the protein exhibits a shallow interaction

with the membrane surface, with no lateral lipid excluded area. Single FRET Donors (Trp

residues) per SP-B monomer are indicated (Reprinted from Cabré et al. [20] with permission.

Copyright 2012 Elsevier)
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trends are observed at physiological ionic strength (Fig. 6b). In contrast to the data

previously reported using spin-labeled lipids [107], significant differences in selec-

tivity between PG and PS could not be detected. The experimental data obtained for

FRET from SP-B to NBD-labeled lipids have been compared in Fig. 6 with the

theoretical behavior expected considering a random distribution of donor and

acceptor probes in the membranes. As shown in Figs. 6a and b, the selectivity

parameter Ks ¼ 1 plots still predict less FRET efficiency than measured experi-

mentally, even for the zwitterionic probe NBD-PC, and some degree of probe

preference must be invoked (the experimental data are in fact closer to the

Ks ¼ 2 curves), similarly to the previous examples.

Fig. 6 Donor (SP-B tryptophan) fluorescence quenching by FRET acceptor (NBD-lipids) in a

16:0,18:1 PC membrane matrix. Experimental time-resolved FRET data have been obtained in

50 mM Hepes buffer, pH 7.0, at low (0 mM NaCl, panel a) or physiological (150 mM NaCl,

panel b) ionic strength. Acceptors were NBD-PC (closed circles), NBD-PG (squares), or NBD-PS
(triangles). Lines are the theoretical curves for the different indicated selectivity constant Ks

values, which consider the topology of the protein in the membrane (model II; see Fig. 3)

(Reprinted from Cabré et al. [20] with permission. Copyright 2012 Elsevier)
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3 Microscopy Studies Using FRET to Probe Lateral

Heterogeneity

Recent developments in multiwavelength and polarization-resolved imaging have

led to a widespread use of FRET imaging in studies of functional assemblies in cell

membranes. The experimental methods for visualizing membrane microdomains

and quantifying FRET efficiencies in FRET microscopy with emphasis on novel

strategies have been reviewed elsewhere [60, 101, 103, 113]. Several approaches

were developed in order to explore, on the nanoscale range, specific protein-protein,

lipid-lipid, or lipid-protein interactions in live cells, both using homo- and hetero-

FRET.

Cell membranes are characterized by a large number of lipid and protein

components in a nonequilibrium state. One common simplification is to assume

two types of domains, e.g., raft/non-raft or ordered/disordered. The results can then

be compared to, e.g., the ld/lo coexistence on a lipid phase diagram in a ternary model

system. Due to intrinsic limitations such as cell stability, and because usually in cells

microscopy studies are carried out (in order to control cell state, to know the

fluorophore localization, and use the signal coming only from the membrane of

interest) fluorescence intensity decays with a high number of photons and low

background signal (necessary to the applications of most of the formalisms described

above) are generally unfeasible. Usually, steady-state data is obtained and compared

to an integrated FRET formalism. Even when Fluorescence Lifetime Imaging

Microscopy (FLIM; see Stöckl and Herrmann [125] for a review of its applications

to membrane heterogeneity) lifetime data is obtained (FRET-FLIM), a relatively low

number of counts is often obtained, which implies that the decay is traditionally used

to calculate FRET efficiency using Eq. 9, rather than being directly analyzed with the

underlying FRET kinetic model. However, with instrumental improvements as well

as development of novel analysis approaches [53], this trend is being reversed.

Selected works combining FRET and microscopy are listed in Table 2, which

succinctly describes illustrative literature reports in which FRET was used in charac-

terization of membrane domains, protein/lipid selectivity, or protein oligomerization.

In addition to the usual advantages of time-resolved methodologies such as

independence on local probe (donor) concentration, under the microscope FRET-

FLIM is a method of choice, since it is much less affected by artifacts, and direct

information on the FRET efficiency is obtained, without the more complex

approaches used in steady state, such as the so-called filter cube FRET microscopy.

Additionally, this one also relies on FLIM for the determination of correction factors

related to intensity determinations. One example of a relevant FRET-FLIM applica-

tion, even in the framework of a low time-resolution approach (time-gated detection),
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is the study related to the localization of the epidermal growth factor receptor (EGFR)

in membrane rafts [50]. These authors observed a decrease on fluorescence lifetime

of the receptor derivatized with fluorescent antibodies (Alexa 488), in the presence of

the typical raft marker GM1(labeled with cholera toxin-A594; Fig. 7). The study was

carried out with the two fluorescent antibodies (Fig. 7a, b) in order to discard any

specific effect that could be invoked regarding the first antibody, and similar FRET

efficiencies were observed in both cases. The result depicted in Fig. 7c is the negative

control of the previous experiments. In this case, the labeled donor is the transferrin

receptor (Tf-A488), which is known not to partition into rafts, and this rules out the

hypothesis that in the previous experiments, the known artifact of GM1 clustering

was biasing the data. Interestingly, no significant interaction of EGFR with another

well-known raft marker, GPI (glycosylphosphatidylinositol), in this case with GFP

(green fluorescent protein), was observed (Fig. 7d). It should be stressed that FRET is

essential to clearly demonstrate interaction at the molecular scale, since pixel

co-localization cannot be used due to the restricted low lateral resolution of conven-

tional microscopy, as compared to the molecular range of distances.

Table 2 Selected examples of FRET microscopy membrane studies

[65] Clustering of the GPI-anchored protein 50 nucleotidase was not detected using FRET

between labeled antibodies

[135] Clustering in domains with less than 70 nm of a glycosylphosphatidylinositol (GPI)

anchored protein at the cell surface detected by homo-FRET

[56] FRET-FLIM study of the raft-dependent interaction of tetanus neurotoxin with Thy-1

[57] Suggestion of preferential interaction of phospholipase D with PC, rather than PE – a

qualitative FLIM study

[117] Characterization of size of lipid-dependent organization of GPI-anchored proteins in live

cells, using homo- and hetero-FRET

[141] FRET-FLIM revealed interaction between BACE (b site of amyloid precursor protein-

cleaving enzyme) and the LDL receptor–related protein occurring on lipid rafts at the

cell surface

[2] Improved model for analysis of FRET adapted to the case where D and A label two probing

proteins. Application to the data of [65] gave quantitative support to the presence of

lipid rafts

[93] Quantitative study of the distribution of functional neurokinin-1 receptors in the plasma

membrane. The receptors are found to be monomeric and reside in membrane

microdomains of size below optical resolution

[5] Derivation of a model considering intramolecular and/or intermolecular FRET and

oligomerization, and its experimental verification. Discussion of the effect of cell

fixation.

[47] Cortical actin activity regulates spatial organization of nanoclusters of GPI-anchored

proteins at the cell surface, as shown by homo-FRET

[50] FRET-FLIM revealed that ganglioside GM1 co-localizes with EGF receptor, but not with

the non-raft transferrin receptor
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Fig. 7 Nanoscale co-localization of EGFR with GM1 gangliosides from FRET-FLIM data. (a–c)

HER14 cells grown on coverslips were incubated on ice with 100 nM (a) of the donor probes anti-

EGFR nanobody EGa1 or (b) EGb4 directly conjugated to Alexa-Fluor-488 or with (c) 20 mg/ml
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4 Concluding Remarks

In this chapter, applications of FRET in membrane biophysics are described,

comprising studies of lateral heterogeneity (membrane domains) and determination

of protein/lipid selectivity (preference of a specific lipid for the protein vicinity).

The complexity of FRET in membranes was addressed, and detailed topological

information can be obtained from this methodology, once adequate modeling is

taken into account. Examples of relevant works in this area are described. On the

whole, the power of FRET as a tool in the characterization of membrane component

lateral distribution is emphasized.

FRET combines the unique sensitivity of fluorescence with a steep dependence

on distance and local concentration, which in turn is reflected on an ability to detect

heterogeneity on a length-scale unavailable to other techniques. However, to make

the most of FRET’s potential, some points should be taken into account. Simulation

studies described in this chapter have revealed that for optimal characterization of

domain structure, probe partition between the coexisting domains should be com-

plementary. In this way, when designing a FRET experiment for investigation of

domain structure, it is important to consider/anticipate the nature of the coexisting

phases and select them accordingly. Most probes prefer fluid, disordered phases

(e.g., Rh-PE, NBD-PC, N-NBD-PE with short or unsaturated acyl chains). A good

gel-phase probe is t-PnA, whereas head-labeled NBD-PE probes with long

saturated acyl chains are convenient lo reporters. Therefore, t-PnA/NBD-PC
(gel/ld), t-PnA/N-NBD-PE (gel/ld, gel/lo), and N-NBD-PE/Rh-PE (lo/ld) constitute

useful FRET pairs.

Regarding domain detection/characterization, different applications can be

envisaged, ranging from the identification of the onset of phase separation/

construction of previously unknown phase diagrams to the estimation of domain

organization in systems where the underlying phase diagram is known. Naturally,

pertinent to this is the question addressed in Section 1 of what constitutes a phase.

As illustrated in Sect. 2.2, regarding both binary and ternary mixtures exhibiting

ld/lo phase coexistence, FRET cannot detect extremely small domains which may

be sensed by distance-independent spectroscopic techniques (such as variation of

fluorescence lifetime, quantum yield or anisotropy along a tie-line). However, even

in this case, FRET is useful, as it allows concluding that the domains perceived by

other techniques have necessarily very small size (~R0 or smaller). On the other

Fig. 7 (continued) transferrin-A488 (Tf-A488) in the absence or presence of 1 mg/ml of the

acceptor probe CTB-A594. (d) HER14 cells expressing GPI-GFP were incubated (GPI-GFP þ
EGb4-A594) or not (GPI-GFP) for 1 h on ice with 100 nM EGb4-A594 (acceptor). After fixation

with 4 % formaldehyde, average fluorescence lifetime values of GFP were determined. Left panels
represent the distributions of the donor probes with or without acceptor probe. The lifetimes are

shown in the middle panels in false colors. The histograms on the right are mean fluorescence

lifetimes of the probes. See text for details (Reprinted from Hofman et al. [50] with permission.

Copyright 2008 The Company of Biologists Limited)
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hand, whereas the formalisms presented allow, in favorable cases, estimation of

average domain size, polydispersivity and shape cannot be normally resolved.

Generally, measurement of donor decay in absence and presence of acceptor is

preferred to measurement of FRET efficiency from steady-state. Despite being a

rapid way of obtaining a first glimpse into the possible membrane organization, the

steady-state FRET detection is always limited. The FRET efficiency parameter

results from time integration of the actual decay law, and in this process consider-

able detail regarding the probes distribution is lost. Thus, whenever possible, a

complete parameter analysis of the time-resolved fluorescence donor decays should

be carried out (ideally with global analysis of samples with and without acceptor.

Moreover, time-resolved measurements are less prone to artifacts such as inner

filter effects or variations in donor concentration across samples.

The dependence of FRET upon donor-acceptor distance is reflected in a sensi-

tivity to geometry and topology of probe distribution, and, by extension, of the

underlying system. Modeling of FRET in most problems in membrane biophysics

therefore requires knowledge of structural parameters such as area/lipid, transverse

location of fluorophores, or protein dimensions. In favorable cases (i.e., situations

in which uniform distribution of donor and acceptor can be safely assumed), the

FRET experiment can itself be used to determine some of these parameters.

However, in the context of this chapter, which concerns deviations to uniform

distribution of membrane components, it is especially important that as much

FRET-independent information is used (otherwise precise recovery of the hetero-

geneity features is impossible). Of course, for many membrane systems this is

unfeasible, because of lacking lipid and/or protein structural information. In these

situations, estimates are used, which may limit the usefulness of the FRET

experiment.

In addition to structure, the dynamic properties of the system under study may

also influence the FRET process. In most cases, translational diffusion during the

donor excited state is negligible. However, relative fluorophore orientation and

rotational diffusion, as expressed in the k2 parameter, affects R0 (Eq. 2) and hence

FRET kinetics. Because there is no experimental technique suited to a definite

measurement of k2, the theoretical value for the so-called dynamic isotropic limit

(<k2 > ¼ 2/3) is often used. However, the < k2 > uncertainty is still widely

regarded as an inconvenience that may be especially important in membranes,

because of their intrinsic anisotropic nature and the restricted rotational mobility

experienced by fluorophores incorporated inside the bilayer. Recently, we used

atomistic molecular dynamics simulations to calculate < k2> � 0.87 � 0.06 for

homo-FRET between NBD-PC probes in fluid 16:0, 16:0 bilayers [83]. In this case,

and taking into account the dependence of R0 on k2 (Eq. 2), an error of ~4–5 % or

~1 Å (taking R0(NBD-NBD) ¼ 22–24 Å; [77]) would ensue by calculating this

parameter using < k2 > ¼ 2/3. This relatively modest effect in ld bilayers is

probably much increased in more ordered systems, such as lo- or gel-containing

membranes. To this effect, and also for a more precise estimation of fluorophore

transverse location, MD simulations may be an invaluable aid in design and

analysis of FRET experiments. Additionally, they allow the determination of the
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potential perturbation by the probes of the bilayer structure and dynamics (for a

review, see Loura and Prates Ramalho [84]). After all, because the vast majority of

natural lipids do not fluoresce, membrane FRET studies most often employ fluores-

cent probes which might behave differently in membranes when compared to the

lipids they are supposed to emulate. Examples of the latter situation are the protein-

lipid selectivity constants Ks 6¼ 1 recovered for probes incorporated in pure bilayers

of supposedly identical (bar the fluorescent label) phospholipids, as described in

Sect. 2.3. However, even in this case, adequate controls (e.g., calculating relative

selectivity constants by dividing Ks for a given probe by the value recovered for the

closest analog) may allow circumvention of this inconvenience.

FRET became a standard methodology under the microscope, and the most

relevant application of FLIM is in energy transfer studies (FRET-FLIM). This is

going to become more relevant with the foreseen instrumental developments,

namely, super-resolution techniques, such as STED, now carried out up to the

level of a living higher animal [6].
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übergangs von Elektrinenanregungsenergie. Z Naturforsch 4a:321–327

45. Frazier ML, Wright JR, Pokorny A, Almeida PF (2007) Investigation of domain formation in

sphingomyelin/cholesterol/POPC mixtures by fluorescence resonance energy transfer and

Monte Carlo simulations. Biophys J 92:2422–2433

46. Fung BK, Stryer L (1978) Surface density determination in membranes by fluorescence

energy transfer. Biochemistry 17:5241–5248

47. Goswami D, Gowrishankar K, Bilgrami S, Ghosh S, Raghupathy R, Chadda R, Vishwakarma R,

Rao M, Mayor S (2008) Nanoclusters of GPI-anchored proteins are formed by cortical

actin-driven activity. Cell 135:1085–1097

48. Heberle FA, Wu J, Goh SL, Petruzielo RS, Feigenson GW (2010) Comparison of three

ternary lipid bilayer mixtures: FRET and ESR reveal nanodomains. Biophys J 99:3309–3318

49. Hemminga MA, Sanders JC, Spruijt RB (1992) Spectroscopy of lipid-protein interactions:

structural aspects of two different forms of the coat protein of bacteriophage M13

incorporated in model membranes. Prog Lipid Res 31:301–333

50. Hofman EG, RuonalaMO, Bader AN, van den Heuvel D, Voortman J, Roovers RC, Verkleij AJ,

Gerritsen HC, van Bergen en Henegouwen PMP (2008) EGF induces coalescence of different

lipid rafts. J Cell Sci 121:2519–2528

51. Holt A, de Almeida RFM, Nyholm TK, Loura LMS, Daily AE, Staffhorst RW, Rijkers DT,

Koeppe RE 2nd, Prieto M, Killian JA (2008) Is there a preferential interaction between

cholesterol and tryptophan residues in membrane proteins? Biochemistry 47:2638–2649

108 L.M.S. Loura and M. Prieto
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imaging fluorescence resonance energy transfer. J Cell Biol 142:69–84

66. Kiskowski MA, Kenworthy AK (2007) In silico characterization of resonance energy transfer

for disk-shaped membrane domains. Biophys J 92:3040–3051

67. Koehorst RB, Spruijt RB, Vergeldt FJ, Hemminga MA (2004) Lipid bilayer topology of the

transmembrane alpha-helix of M13 Major coat protein and bilayer polarity profile by site-

directed fluorescence spectroscopy. Biophys J 87:1445–1455

68. Kusumi A, Nakada C, Ritchie K, Murase K, Suzuki K, Murakoshi H, Kasai RS, Kondo J,

Fujiwara T (2005) Paradigm shift of the plasma membrane concept from the two-dimensional

continuum fluid to the partitioned fluid: high-speed single-molecule tracking of membrane

molecules. Annu Rev Biophys Biomol Struct 34:351–378

69. Lantzsch G, Binder H, Heerklotz H (1994) Surface area per molecule in lipid/C12En

membranes as seen by fluorescence resonance energy transfer. J Fluoresc 4:339–343

70. Lakowicz JR (2006) Principles of fluorescence spectroscopy. Kluwer Academic/Plenum,

New York

71. Lee AG (2003) Lipid-protein interactions in biological membranes: a structural perspective.

Biochim Biophys Acta 1612:1–40

72. Lentz BR, Barrow DA, Hoechli M (1980) Cholesterol-phosphatidylcholine interactions in

multilamellar vesicles. Biochemistry 19:1943–1954

Lateral Membrane Heterogeneity Probed by FRET Spectroscopy and Microscopy 109



73. Li M, Reddy LG, Bennett R, Silva ND Jr, Jones LR, Thomas DD (1999) A fluorescence

energy transfer method for analyzing protein oligomeric structure: application to

phospholamban. Biophys J 76:2587–2599

74. Loura LMS, Prieto M (2000) Resonance energy transfer in heterogeneous planar and bilayer

systems: theory and simulation. J Phys Chem B 104:6911–6919

75. Loura LM, Ramalho JP (2007) Location and dynamics of acyl chain NBD-labeled phosphati-

dylcholine (NBD-PC) in DPPC bilayers. A molecular dynamics and time-resolved fluores-

cence anisotropy study. Biochim Biophys Acta 1768:467–478

76. Loura LMS, Fedorov A, Prieto M (1996) Resonance energy transfer in a model system of

membranes: application to gel and liquid crystalline phases. Biophys J 71:1823–1836

77. Loura LMS, Fedorov A, Prieto M (2000) Membrane probe distribution heterogeneity: a

resonance energy transfer study. J Phys Chem B 104:6920–6931

78. Loura LMS, Fedorov A, Prieto M (2000) Partition of membrane probes in a gel/fluid two-

component lipid system: a fluorescence resonance energy transfer study. Biochim Biophys

Acta 1467:101–112

79. Loura LMS, Fedorov A, Prieto M (2001) Fluid-fluid membrane microheterogeneity: a

fluorescence resonance energy transfer study. Biophys J 80:776–788

80. Loura LMS, Coutinho A, Silva A, Fedorov A, Prieto M (2006) Structural effects of a basic

peptide on the organization of dipalmitoylphosphatidylcholine/dipalmitoylphosphati-

dylserine membranes: a fluorescent resonance energy transfer study. J Phys Chem B

110:8130–8141

81. Loura LMS, Fernandes F, Prieto M (2010) Membrane microheterogeneity: Förster resonance

energy transfer characterization of lateral membrane domains. Eur Biophys J 39:589–607

82. Loura LMS, Prieto M, Fernandes F (2010) Quantification of protein-lipid selectivity using

FRET. Eur Biophys J 39:565–578

83. Loura LMS, Palace Carvalho AJ, Prates Ramalho JP (2010) Direct calculation of Förster

orientation factor of membrane probes by molecular simulation. J Mol Struct THEOCHEM

946:107–112

84. Loura LMS, Prates Ramalho JP (2011) Recent developments in molecular dynamics

simulations of fluorescent membrane probes. Molecules 16:5437–5452

85. Mabrey S, Sturtevant JM (1976) Investigation of phase transitions of lipids and lipid mixtures

by sensitivity differential scanning calorimetry. Proc Natl Acad Sci U S A 73:3862–3866

86. Marsh D (1990) Handbook of Lipid Bilayers. CRC Press, Boca Raton

87. Marsh D (2010) Liquid-ordered phases induced by cholesterol: a compendium of binary

phase diagrams. Biochim Biophys Acta 1798:688–699
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FRET Analysis of Protein-Lipid Interactions
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Abstract Förster resonance energy transfer (FRET) is an old but constantly devel-

oping spectroscopic tool possessing enormous potential for studies on structure and

dynamics of biological macromolecules and their assemblies. One of the main

advantages of FRET technique is the possibility of measuring the nanometer-

scale distances between donor and acceptor fluorophores. This chapter highlights

some aspects of FRET-based monitoring of intermolecular interactions in mem-

brane systems. Analytical model of energy transfer between membrane-associated

donors and acceptors randomly distributed over parallel planes separated by a fixed

distance is presented. The factors determining the efficiency of energy transfer are

considered with special attention to orientational behavior of the donor emission

and acceptor absorption transition dipoles. It is demonstrated that FRET can

provide proof for specific orientation of the protein molecule relative to lipid-

water interface. The applications of FRET to quantification of protein-lipid binding

parameters and membrane position of protein fluorophores are exemplified. It is

illustrated how FRET may help in obtaining evidence for protein aggregation in a

membrane environment and domain formation.
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1 Introduction

Förster resonance energy transfer is one of the most powerful fluorescence

techniques and has found innumerable applications in biomedical research [1–3].

Due to explicit dependence on the distance between the fluorophores acting as

energy donor and acceptor, FRET represents a unique tool for establishing

nanometer-scale proximity relationships both in vivo and in vitro, thereby giving

structural information complementary to that provided by other mighty physical

methods, such as NMR, X-ray and neutron scattering, and electron and optical

microscopy [4, 5]. FRET has proven to be especially powerful in structural charac-

terization of a wide variety of macromolecular assemblies, biological membranes,

in particular [3, 6–8]. The interactions between two major membrane constituents,

proteins, and lipids have long been a focus of FRET studies, greatly contributing to

understanding the mechanisms of the membrane binding of proteins [9, 10],

conformational transitions of polypeptide chains in a membrane environment [11,

12], lipid-mediated protein aggregation [13, 14], domain formation [15, 16], etc.

Among the principal advantages of FRET technique are (1) the possibility of

experimentation within protein and lipid concentration range where most other

methods appear powerless; (2) revealing the subtle peculiarities of protein-

membrane interactions; (3) detection of small amounts of molecular clusters,

unaccessible to other techniques; (4) the opportunity for obtaining information

about the structural state of a protein and lipid bilayer under the same experimental

conditions; and (5) high sensitivity and relative simplicity of the experiment.

This chapter is intended to give a concise overview of the possibilities provided

by FRET in the studies of protein-lipid interactions. Along with considering the

fundamental principles of FRET, basic formalism for description of energy transfer

in membranes, and some problems encountered in quantification of FRET data, we

present some examples illustrating how steady-state FRET can be used to deter-

mine protein-membrane binding characteristics, orientation of the protein molecule

relative to lipid-water interface, its transverse bilayer location, and aggregation

state.
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2 Basics of FRET

Förster resonance energy transfer (FRET) is a process by which energy is passed

between molecules over long distances (from about 1 to 10 nm) [17]. The donor

molecule, which must be a fluorophore, is excited by incident light and transfers the

absorbed energy nonradiatively to the acceptor molecule, which, in the majority of

cases, is capable of fluorescing. Since energy transfer occurs without emitting

a photon and results from long-range dipole-dipole interactions between the

donor and acceptor, it seems inaccurate to decipher the frequently used acronym

FRET as fluorescence resonance energy transfer. Instead, according to the

recommendations of IUPAC, it is more correct to use the term “Förster resonance

energy transfer,” paying tribute to the German scientist Theodor Förster who first

proposed the mechanism of this phenomenon.

Förster developed a theoretical basis of FRET using both classical physics and

quantum mechanics approaches [18]. Classical physics considers the transfer of

excitation energy from one molecule to another as resulting from the resonance

interactions between closely spaced oscillating dipoles, similar to two oscillating

pendulums that are mechanically coupled. Quantum mechanical description of

FRET is based on Fermi’s golden rule which is used to calculate the probability

of transition from initial state i (Ci ¼ CD1
CA0

, donor is in an excited state, while

acceptor is in a ground state,) to final state f (Cf ¼ CD0
CA1

, donor is in a ground

state, acceptor is in an excited state) due to a perturbation caused by light

absorption:

dPf

dt
¼ 1

2�h2
Cf

�
�

�~m Cij iE0

�

�

�

�

2
(1)

The rate constant of energy transfer between donor and acceptor separated by

a distance R is given by the following equations:

kTðnÞ / CD1
CA0

~V
�

�

�

�CD0
CA1

� �
�

�

�

�

2
(2)

~V ¼ 1

e
ð~mD � ~mAÞ

R3
� 3

ð~mD � RÞðR � ~mAÞ
R5

� �

(3)

kTðnÞ / k2

e2R6
CD1

~mDj jCD0
h ij j2 CA0

~mAj jCA1
h ij j2 (4)

CA0
~mAj jCA1

h ij j2 / eA
n
; CD1

~mDj jCD0
h ij j2 / 1

n3tR
¼ ’D

n3tD
(5)

Here ~V is the operator for dipole-dipole interaction between donor and acceptor.

Remarkably, both classical and quantum mechanical theories of energy transfer

yield similar final expression for the rate constant of FRET:
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kT / k2’D

n4R6tD

Z

eAðnÞfDðnÞ
n4

dn ¼ k2’D

R6tD
J (6)

Förster theory predicts that the rate of energy transfer depends on the donor-

acceptor distance (R); quantum yield of the donor in the absence of acceptor (’D);

refractive index of the medium (n), which is typically taken as 1.4 for biomolecules

in aqueous solution; donor lifetime in the absence of acceptor (tD); orientation factor
(k2), determined by the relative orientation of the donor and acceptor dipoles; and

overlap between donor emission ( fDðnÞ) and acceptor absorption spectra (eAðnÞ).
By combining distance-independent terms, the expression for rate constant can be

rewritten as

kT ¼ 1

tD

R0

R

� �6

; R6
0 ¼

k2’D

n4
9; 000ðln 10Þ
128p5NA

� �

Z

eAðnÞfDðnÞ
n4

dn (7)

here, R0 is an important parameter called Förster distance. The efficiency of energy

transfer (E) is the fraction of photons absorbed by the donor that are transferred to

the acceptor, which is given by the ratio of the transfer rate to the total decay rate of

the donor. On the other hand, transfer efficiency can be represented as a function of

Förster radius and donor-acceptor distance:

E ¼ kT
kT þ t�1

D

¼ R6
0

R6
0 þ R6

(8)

As follows from this equation, Förster radius defines the distance at which

energy transfer efficiency is 50%, and the transfer rate is equal to the donor decay

rate. This is a characteristic parameter of each donor-acceptor pair, which typically

falls in the 2–6-nm range [19]. A very steep distance dependence of FRET effi-

ciency, being inversely proportional to the sixth power of donor-acceptor separa-

tion, along with the fact that Förster radii of most donor-acceptor pairs are

comparable to the size of proteins and membranes, makes FRET the technique of

choice, a spectroscopic ruler, to quantify spatial relationships between intrinsic and

extrinsic fluorophores in biological macromolecules and their assemblies [20].

3 FRET in Membranes

To determine FRET transfer efficiency experimentally, three different approaches

are generally used, based on measuring the decrease of donor fluorescence intensity

(ID) or average lifetime ( tDh i) in the presence of acceptor (IDA, tDAh i):
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E ¼ 1� ’DA

’D

¼ 1� IDA
ID

; E ¼ 1� tDAh i
tDh i (9)

or enhancement of acceptor fluorescence (IA) after donor excitation:

E ¼ eAðlexD ÞCA

eDðlexD ÞCD

IADðlemA Þ
IAðlemA Þ � 1

� �

(10)

Here IAðlemA Þ, IADðlemA Þ are acceptor fluorescence intensities in the absence and

presence of donor at emission wavelength lemA ; eDðlexD Þ , eAðlexD Þ are extinction

coefficients of the donor and acceptor at the donor excitation wavelength lexD ; and
CD,CA are the concentrations of donor and acceptor, respectively.

It is important to emphasize that the simple relationship 8 describing distance

dependence of energy transfer efficiency is valid only for one donor and one

acceptor separated by a fixed distance, as may be the case, for instance, in labeled

proteins. However, this relationship is inapplicable for donors and acceptors

distributed in solution or in a membrane phase. In these cases, more complex

expressions are required, which are commonly derived from averaging the transfer

rate over multiple donor-acceptor pairs. This problem is addressed in a number of

models developed for two-dimensional systems [21–27]. To illustrate principal

features of FRET in membranes, we consider here one of these models proposed

by Fung and Stryer for the case of donors and acceptors randomly distributed in a

plane [21]. It should be noted in this regard that if the diameter of membrane

vesicles is more than twofold greater than Förster radius, the curvature effect is

negligible so that energy transfer can be considered as occurring in a plane. This is

valid for the majority of membrane systems since the Förster distances do not

exceed 10 nm, while the radius of vesicles formed by the model or isolated native

membranes is usually greater than 20 nm. In terms of the model of Fung and Stryer,

the efficiency of energy transfer is given by

E ¼ 1�
Z

1

0

expð�lÞ exp �Cs
aSðlÞ

	 


dl (11)

SðlÞ ¼
Z

1

rc

1� exp �l
Ro

R

� �6
 !" #

2pRdR; l ¼ t

tD
(12)

where tD is the lifetime of excited donor in the absence of acceptor, rc is the distance
of closest approach between the donor and acceptor, and Cs

a is the concentration of

acceptors per unit area related to the molar concentrations of lipids accessible to

acceptor (La) and bound acceptor (Ba):
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Cs
a ¼

Ba

La
P

fiSi
(13)

Here fi , Si are the fraction and mean surface area of the i-th membrane

constituent.

Shown in Fig. 1 are energy transfer efficiencies calculated by numerical integra-

tion of the Eq. 11. It can be seen that a relatively low acceptor surface density (one

acceptor molecule per 100 lipid molecules) results in rather high energy transfer at

Förster radii exceeding 2 nm. Remarkably, the above formalism is applicable to

various geometric conditions of energy transfer. Particularly, for donors and

acceptors uniformly distributed over different planes separated by a distance da
(Fig. 2a), Eq. 12 takes the form

SðlÞ ¼
Z

1

da

1� exp �l
Ro

R

� �6
 !" #

2pRdR (14)

Another possible configuration involves one donor plane located at a distance dc
from the membrane center and two acceptor planes with identicalCs

a, separated by a

distance dt (Fig. 2b). Given that for the outer acceptor plane, da ¼ dc � 0:5dtj j ,
while for the inner plane, da ¼ dc þ 0:5dt, the following relationships hold:

S1ðlÞ ¼
Z

1

dc�0:5dtj j

1� exp �l
Ro

R

� �6
 !" #

2pRdR (15)

Fig. 1 Efficiencies of energy transfer between donors and acceptors randomly distributed in a

plane. Acceptor surface density is one acceptor molecule per 100 lipid molecules. The distance of

closest approach between donor and acceptor is taken as 0.8 nm
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S2ðlÞ ¼
Z

1

dcþ0:5dt

1� exp �l
Ro

R

� �6
 !" #

2pRdR (16)

E ¼ 1�
Z

1

0

expð�lÞ exp �Cs
a S1ðlÞ þ S2ðlÞð Þ� �

dl (17)

where S1 and S2 are the quenching contributions describing energy transfer to the

outer and inner acceptor planes, respectively. Alternatively, if there exist one

acceptor plane located at a distance dc from the membrane center and two donor

planes separated by a distance dt (Fig. 2c), energy transfer efficiency can be

written as

E ¼ 1� 0:5�
Z

1

0

expð�lÞ exp �Cs
aS1ðlÞ

� �

dlþ
Z

1

0

expð�lÞ exp �Cs
aS2ðlÞ

� �

dl

0

@

1

A

(18)

Fig. 2 Schematic representation of planar arrangement of donors and acceptors in a lipid bilayer
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Next, it seems of importance to illustrate what kind of information can be

obtained by applying the above uniform distribution formalism to the analysis of

FRET in protein-lipid systems. To this end, we will consider some representative

examples of experimental design and data treatment strategy, concerning protein

(1) orientation relative to lipid-water interface, (2) membrane binding parameters,

(3) the depth of bilayer penetration, (4) aggregation state, and (5) effect on lipid

lateral distribution.

4 FRET Study of Orientational Behavior of Membrane-Bound

Proteins

As follows from the above considerations, the efficiency of FRET is a function of

the donor-acceptor distance, the donor quantum yield, overlap of the donor emis-

sion and acceptor absorption spectra, and relative orientation of the donor and

acceptor transition dipoles. Of these, the most problematic parameter is the orien-

tation factor k2 defined as [28]:

k2 ¼ ðsin yD sin yA cos’� 2 cos yD cos yAÞ2 (19)

where yD and yA are the angles between the donor emission (D) or acceptor

absorption (A) transition moments and the vector R joining the donor and acceptor

and ’ is the dihedral angle between the planes (D, R) and (A, R). Orientation factor
can vary from 0 to 4, the minimum value corresponds to perpendicularly oriented

donor and acceptor dipoles, while the maximum one characterizes the case when

these dipoles are parallel and identically directed [19]. It is a common practice in

FRET studies to use the isotropic value of orientation factor, 0.67, which is valid in

the case when donors and acceptors can adopt all orientations (isotropic condition)

in a time short compared to the transfer time (dynamic averaging condition) [28].

However, in a highly anisotropic membrane environment, rotational mobility of

donors and acceptors is usually restricted, and the isotropic condition is hardly

satisfied. Besides, if the donor and acceptor dipoles exhibit certain preferable

orientations, for instance, when protein-lipid interactions involve specific binding

sites, k2 value may substantially differ from 0.67. Such an uncertainty in the choice

of orientation factor is regarded as the main source of uncertainty in the quantitative

interpretation of FRET data. In the following, we will consider some possible ways

for circumventing this problem.

First example is intended to illustrate how FRET can help to answer the question

of whether there exists certain specific orientation of the protein molecule relative to

lipid-water interface. This question has been addressed in our early study of lipid

bilayer interactions of cytochrome c, a peripheral mitochondrial protein which plays

important role in respiration process and apoptosis. Cytochrome c is a globular

protein with the size about 3 nm, containing heme group located 1.5 nm from its
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surface. This group is an effective energy acceptor for a number of fluorophores.We

employed FRET technique to examine cytochrome c association with the model

membranes, composed of zwitterionic lipid phosphatidylcholine (PC) and anionic

lipid cardiolipin (CL) [29]. Several fluorescent probes, including (3-methoxyben-

zanthrone (MBA), N,N0-bishexamethylenrhodamine (RH), rhodamine 6G (R6G),

and 4-(dimethylaminostyryl)-1-dodecylpiridine (DSP-12)), were used as donors,

while heme group of the protein was recruited as acceptor. The donors are

distributed between the outer and inner bilayer leaflets, thus forming two donor

planes, separated by a certain distance dt, while protein molecules are supposed to

reside at the outer membrane side, forming one acceptor plane, located at a distance

dc from the membrane center (Fig. 2c). In this case, relative quantum yield of the

donor can be written as the sum of two terms, where lower integration limits

correspond to the separation of acceptor plane from the outer and inner donor planes.

The data treatment strategy involved fitting of the relative quantum yields calculated

by numerical integration of the Eqs. 15, 16 and 18 to those measured experimentally

with the distance between the acceptor plane and membrane center (dc ) as the

optimizing parameter. This procedure was repeated for all FRET profiles with k2

being varied in the widest possible range, from 0 to 4. As a result, we obtained

numerous sets of two parameters—acceptor distance from the bilayer midplane and

orientation factor – providing the best fit of the experimental data. Several features

of dcðk2Þ dependencies are worthy of mention. As can be seen in Fig. 3, for each of

the employed donors, there exists certain minimum k2 value characterizing the

situation when heme groups reside at the bilayer midplane (dc ¼ 0), and maximum

heme distance from the bilayer center (dmax
c ), estimated at k2 ¼ 4. In the case of

random reorientation of donors and acceptors, one should expect the intersection or

Fig. 3 Dependence of the distance between heme group of cytochrome c and membrane midplane

on orientation factor
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closing of the plotsdcðk2Þ, obtained for different donors, at a point, corresponding to
the isotropic value of orientation factor (k2 ¼ 0:67) and actual heme separation from

the bilayer midplane, since this parameter appears to be invariant over a series of

donors. The absence of such an intersection implies that orientation of heme dipole

cannot be considered as random. Another support for this assumption comes from

the observation that for some donors, specifically, MBA and RH, the minimum

possible k2 value is greater than 0.67. Taken together, these findings suggest that

there exists certain specific orientation of the heme group relative to lipid-water

interface. It is known that acidic and basic groups on the surface of cytochrome c
molecule are segregated into two positively charged patches with negative patch

between them [30]. The involvement of one of the positively charged patches in the

interactions with lipids may account for specific protein disposition with respect to

themembrane surface. This example demonstrates that uncertainty in the orientation

factor value can be turned to our advantage by the proper experimental design,

employing the donors distributed symmetrically between the outer and inner mem-

brane leaflets and protein-associated acceptors. The observations, such as

noncrossing dependencies of the acceptor distance from the membrane center on

the orientation factor obtained for different donors and/or successful data fitting only

for k2 exceeding the isotropic value, may serve as the indications for the existence of

specific lipid-binding site on the surface of protein molecule.

Importantly, FRET can provide not only qualitative but also quantitative topo-

logical information about membrane-associated proteins. For instance, using a

series of site-directed cysteine mutants fluorescently labeled with AEDANS,

Nazarov et al. succeeded in determining the topology and bilayer embedment of

M13 major coat protein in dioleoylphosphatidylcholine/dioleoyl phosphatidyl-

glycerol (4:1 mol/mol) vesicles. The authors developed novel simulation-based

fitting approach that was applied to analyzing the steady-state FRET between

tryptophan as a donor and AEDANS as an acceptor. The tilt of the transmembrane

helix of M13 major coat protein was found to be around 18� [31].

5 Membrane Location of Proteins Determined from FRET

One of the most widespread applications of FRET in membrane studies involves

characterization of protein disposition in a lipid bilayer. Both analytical and

numerical approaches have been used to obtain quantitative estimates for mem-

brane embedment of a variety of structurally different proteins, as summarized in

Table 1. It should be noted in this regard that the choice of a certain theoretical

strategy for analyzing FRET data is dictated by specific structural features of the

system under study, such as randomness of fluorophore distribution, size of the

donor- or acceptor-bearing protein domain, and spatial relationships between donor

and acceptor arrays. However, in all cases, the uncertainty in orientation factor

value may substantially reduce or even eliminate the reliability of FRET estimates

of the protein bilayer location. In view of this, we found it reasonable to briefly
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describe here one approach to reducing this problem, based on the early work of

Davenport et al. [46].

The applicability of Eq. 19 is limited to the case when the vectors D and A do not

undergo any reorientation during the transfer time. Alternatively, Förster radius

should be calculated using the dynamic average value of orientation factor k2
� �	 


.

If the donor emission and acceptor absorption transition moments are symmetri-

cally distributed within the cones about certain axes Dx and Ax, k2
� �

is given

by [28]:

k2
� � ¼ sinYD sinYA cosF� 2 cosYD cosYAð Þ2 dxD

� �

dxA
� �

þ 1 3= ð1� dxD
� �Þþ1 3= ð1� dxA

� �Þ
þ cos2YD dxD

� �

1� dxA
� �	 
þ cos2YA dxA

� �

1� dxD
� �	 


(20)

whereYD andYA are the angles made by the axes Dx and Ax with the vector R, F is

the angle between the planes containing the cone axes and the vector R, and dxD
� �

and dxA
� �

are so-called axial depolarization factors:

dxD;A

D E

¼ 3 2 cos2cD;A

� � � 1 2= (21)

where cD;A are the cone half-angles. These factors are related to the steady-state (r)
and fundamental (r0) anisotropies of the donor and acceptor [28]:

dxD;A ¼ � rD;A=r0D;A
	 
1=2

(22)

When the donor and acceptor planar arrays are located at different levels across

the membrane, separated by a distance da , multiple donor-acceptor pairs are

involved in energy transfer, so that orientation factor appears to be a function of

the donor-acceptor separation (R). Particularly, for the most probable membrane

orientation of Dx and Ax, parallel to the bilayer normal, the anglesYD andYA made

by Dx and Ax with R are equal and depend on the distance between donor and

acceptor (YA ¼ YD ¼ y , y ¼ f ðRÞ ). Under these circumstances, Eq. 20 can be

rewritten in the form

k2ðyÞ� � ¼ dxD
� �

dxA
� �

3cos2y� 1
	 
2 þ 1 3= 1� dxD

� �	 
þ 1 3= 1� dxA
� �	 


þ cos2y dxD
� �� 2 dxD

� �

dxA
� �þ dxA

� �	 


(23)

where cos2y ¼ da=Rð Þ2 . Next, by representing Förster radius as the product of

distance-dependent and distance-independent terms Ro ¼ k2ðRÞ½ �1=6 � Rr
o , one

obtains
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SðtÞ ¼
Z

1

da

1� exp �lk2ðRÞ Rr
o

R

� �6
 !" #

2pRdR (24)

Rr
o ¼ 979 n�4

r QDJ
	 
1=6

; J ¼

R

1

0

FD lð ÞeA lð Þl4dl
R

1

0

FD lð Þdl
(25)

This formalism was employed to describe FRET between tryptophan residues of

lysozyme as donors and anthrylvinyl-labeled phosphatidylcholine (AV-PC) or

phosphatidylglycerol (AV-PG) as acceptors in lipid vesicles composed of phospha-

tidylcholine and varying proportions of phosphatidylglycerol (10, 20, or 40 mol%)

[44]. The efficiency of energy transfer was calculated from the sensitized emission

of the acceptor by measuring tryptophan fluorescence in the absence and presence

of donors. Shown in Fig. 4 are typical dependencies of energy transfer efficiency on

the acceptor concentration. AV fluorophore is distributed between the outer and

inner membrane leaflets, residing at the level of terminal methyl groups, thus

forming two acceptor planes, separated by a certain distance dt. Taking into account
distance dependence of the orientation factor, energy transfer to the outer and inner

acceptor planes can be described by the following equations:

Fig. 4 Förster energy transfer profiles for lysozyme Trp-AV donor-acceptor pair in PC/PG

liposomes (40 mol% PG). Lipid concentration was 5 mM
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S1ðlÞ ¼
Z

1

dc�0:5dtj j

1� exp �lk21ðRÞ
Rr
o

R

� �6
 !" #

2pRdR (26)

S2ðlÞ ¼
Z

1

dcþ0:5dt

1� exp �lk22ðRÞ
Rr
o

R

� �6
 !" #

2pRdR (27)

k21;2ðRÞ ¼ dxD
� �

dxA
� �

3
dc � 0:5dt

R

� �2

� 1

 !

þ 1� dxD
� �

3
þ 1� dxA

� �

3

þ dc � 0:5dt
R

� �2

dxD
� �� 2 dxD

� �

dxA
� �þ dxA

� �	 


(28)

E ¼ 1�
Z

1

0

expð�lÞ exp �Cs
a S1ðlÞ þ S2ðlÞð Þ� �

dl (29)

The relationships 26–29 are valid when the donor and acceptor transition

moments are distributed about the axes Dx and Ax parallel to the bilayer normal N.
If this is not the case, additional depolarization factors accounting for the deviations

ofDx and Ax fromN should be introduced: daD;A ¼ 3
2
cos2aD;A � 1

2
, where aD;A are the

angles made by Dx and Ax with N. By applying the Soleillet’s theorem stating the

multiplicativity of depolarization factors, Eq. 28 may be rewritten in a more general

form

k21;2ðRÞ ¼ dDdA 3
dc � 0:5dt

R

� �2

� 1

 !

þ 1� dD
3

þ 1� dA
3

þ dc � 0:5dt
R

� �2

dD � 2dDdA þ dAð Þ (30)

where dD;A ¼ dxD;A

D E

daD;A. Allowing for the size of AV fluorophore (ca. 0.7 � 0.3

nm) and high mobility of the terminal groups of hydrocarbon chains, dt value was
slightly varied in the range from 0.3 to 0.7 nm, while parameter dc, characterizing
the distance between the donor plane and membrane center, was optimized in the

data-fitting procedure. The axial depolarization factors were calculated using the

results of steady-state fluorescence anisotropy measurements. The recovered values

of the donor separation from bilayer center are consistent with the location of

lysozyme Trp residues in the interfacial bilayer region. Our data agree with the

viewpoint that helix-loop-helix domain (87–114 residues) located at the upper lip of

the active site cleft accounts for lysozyme insertion into lipid bilayer. The nonpolar

portion of this domain (residues 87–95) penetrating into hydrophobic bilayer region
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serves as a membrane anchor, while terminal basic residues form electrostatic

contacts with anionic phospholipid headgroups. This mode of membrane binding

of lysozyme causes Trp62 and Trp108 to be accommodated at the interface.

This example demonstrates that for donors and acceptors residing at different

depths within the membrane, orientation factor can be incorporated as a distance-

dependent parameter at the integration over R step in the theoretical calculation of

FRET efficiency. Knowing the steady-state and fundamental anisotropies of donor

and acceptor, allows to raise the accuracy of FRET-based estimates of the trans-

verse location of membrane-associated proteins.

6 FRET in Characterization of Protein-Lipid Binding

A specific feature of energy transfer in membranes is the dependence of FRET

efficiency on acceptor surface concentration (Eq. 17). This makes FRET technique

suitable for determination of not only structural parameter (position relative to

lipid-water interface) but also the binding parameters (association constant and the

number of lipids per bound protein) [47–49]. In the case when acceptor is intrinsic

or extrinsic protein chromophore, for example, tryptophan residue or heme group,

and protein is distributed between aqueous and lipid phases, the amount of

membrane-bound acceptor (Ba) can be related to the total acceptor concentration

(A), using the appropriate binding model. In terms of conventional Langmuir model,

this relationship is given by

Ka ¼ Ba

A� Bað Þ La n= � Bað Þ ;

Ba ¼ 1

2
Aþ La

n
þ 1

Ka
�

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

Aþ La
n
þ 1

Ka

� �2

� 4
ALa
n

s

2

4

3

5 (31)

where Ka is the equilibrium association constant and n is the binding stoichiometry.

By combining the FRET and binding models, one obtains the relative quantum

yield as a function of five variablesQr ¼ f ðA; La;Ka; n; dcÞ. Of these, total acceptor
concentration, A, and amount of accessible lipid La(usually taken as a half of total

lipid concentration for large unilamellar vesicles and nonpermeating acceptor) are

independent parameters that can be varied in the experiment, whileKa, n, and dc are
unknown parameters which can be derived from least-squares fitting of the experi-

mental data. However, unambiguous evaluation of the structural and binding

characteristics is complicated by a strong cross-correlation between optimizing

parameters, which makes it impossible to judge whether the changes in donor

quantum yield result from the variation of the acceptor transverse location or

from alterations in the extent of its association with the membrane. To overcome

this problem, we have tried to ascertain what format of FRET measurements
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permits unequivocal resolution of the structural and binding parameters [50]. Using

computer simulations relative quantum yield of a donor was calculated in terms of

the above analytical model for various combinations of acceptor (A ) and lipid

concentrations (L ) with preset values of optimizing parameters Ka , n , and dc .
Gaussian noise was added to the calculated data to mimic the experimental errors.

Three characteristic FRET datasets were analyzed: (1) univariate data (1D data)

obtained at a fixed lipid concentration by varying total acceptor concentration only,

(2) two-dimensional data array (2D data) obtained by varying both lipid and total

acceptor concentrations for the case of saturable binding, and (3) 2D data for the

case of unsaturable binding. To assess how the quality and uniqueness of the least-

squares fitting depend on the format of FRET data, we analyzed the projections of

the corresponding error surfaces (w2 statistic for a given dataset) with respect to a

specific parameter. Simulation results clearly indicated that only analysis of two-

dimensional data arrays with saturable binding allows the model parameters to be

recovered with high accuracy and statistical significance.

The proposed global analysis approach has been employed to analyze FRET

between anthrylvinyl-labeled phosphatidylcholine (AV-PC) as an energy donor and

heme group of cytochrome c as an acceptor [50]. AV-PC was incorporated into

lipid vesicles composed of phosphatidylcholine and 10 mol% of cardiolipin (CL).

AV fluorophore is localized in a lipid bilayer close to the terminal methyl groups,

preferentially orienting parallel to the lipid acyl chains. Shown in Fig. 5 is relative

Fig. 5 Förster energy transfer profiles for cytochrome c heme-AV donor-acceptor pair in PC/CL

liposomes (10 mol% CL)
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quantum yield of AV-PC as a function of the total cytochrome c concentration,

recorded at five different lipid concentrations. As the lipid concentration increases,

acceptor molecules tend to distribute over a greater bilayer area resulting in the

decrease of acceptor surface concentration and lowered energy transfer. It is this

peculiarity of energy transfer dependence on total acceptor and lipid concentrations

that makes it possible to resolve structural and binding parameters by the least-

squares fitting of the expanded data array. Solid lines in Fig. 5 represent best fit of

the FRET data by the global analysis procedure yielding the following estimates of

the fitting parameters: dc ¼ 3:6� 0:2, nm; Ka ¼ 3:6� 1:1, mM�1; and n ¼ 27� 2.

Thus, in the case where energy transfer occurs from donors localized in the

membrane at a known depth to acceptors distributed between aqueous and lipid

phases, analysis of two-dimensional data arrays can provide unambiguous informa-

tion on both binding parameters and transverse membrane location of protein

fluorophore.

The above example reflects only one of the possibilities offered by FRET

technique in elucidating the quantitative and qualitative aspects of protein-lipid

binding. Most of these aspects are highlighted in the brilliant recent works from

Loura and Prieto group [51–54]. The authors discuss how FRET may help in

establishing protein preference to a certain type of lipids and make a critical

comparison of the existing theoretical approaches to quantification of protein-

lipid selectivity.

7 Protein Aggregation in a Membrane Environment Detected

by FRET

FRET has been conventionally used in membrane studies for monitoring the

changes in protein aggregation state [55–58]. The enhancement of energy transfer

between protein derivatives fluorescently labeled with donor and acceptor is

regarded as a qualitative proof of protein self-association. Further quantitative

analysis can, in principle, yield the estimates of aggregate size using appropriate

data treatment formalism. To perform such kind of analysis most correctly, it is

important to differentiate FRET between donors and acceptors confined to protein

aggregates from energy transfer involving nonaggregated species [54]. The contri-

bution of this interfering FRET can be neglected only in the case of very low

concentration of the tagged protein. Furthermore, fluorescent labeling can modify

self-associating propensity of polypeptide chain [59]. Along with the complexity of

aggregation process per se, these factors may limit the amount of reliable quantita-

tive information on oligomeric structure. A versatility of the problems addressed by

FRET in the field of protein aggregation is illustrated by a number of works

reviewed, particularly, in [3]. To exemplify, in the pioneering work of Vanderkooi

et al., Ca2+ ATPase of sarcoplasmic reticulum was covalently labeled with

N-iodoacetyl-N0-(5-sulfo-naphthyl)ethylenediamine (IAEDANS) as a donor and
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iodoacetamidofluorescein (IAF) as an acceptor [60]. While analyzing the results of

FRET measurements in reconstituted vesicles, the authors reasonably considered

two possibilities: (1) energy transfer occurring when the donor- and acceptor-

tagged molecules collide or come within the Förster distance due to Brownian

motion and (2) energy transfer in ATPase oligomers in which the donor and

acceptor come into close proximity. The observations that FRET was not altered

with increasing lipid-to-protein molar ratio but was abolished by the addition of

unlabeled protein have been regarded as the arguments in favor of ATPase self-

association. By measuring energy transfer between Trp and its nonfluorescent

2-hydroxy-5-nitrobenzylbromide (HNB) derivative, John and Jahnig obtained evi-

dence for melittin aggregation in dimyristoylphosphatidylcholine (DMPC) bilayer

[61]. Investigation of FRET between fluorescent tags 2,6-dansyl chloride and

dabsyl chloride led Adair and Engelman to conclusion that peptide mimicking

transmembrane region of glycophorin A forms helical dimers in DMPC model

membranes [62]. Using the formalism of site-directed cross-linking approach to the

determination of oligomeric structure [63] and assuming equal energy transfer to

all subunits in oligomer, the authors proposed the method allowing to distinguish

dimers from higher oligomers. The linear dependence of FRET efficiency on

acceptor mole fraction was shown to be a characteristic sign of dimer formation.

Further steps to solving this problem have been made by Li et al. [64]. A simula-

tion-based approach was developed to resolve the number of subunits in oligomer,

the distance between labeled sites on different subunits, and the fraction of

monomers. This approach was used to characterize the oligomeric structure of

phospholamban (PLB) in dioleoylphosphatidylcholine (DOPC) bilayer.

Sparr et al. employed FRET technique to ascertain how lipid bilayer thickness

affects the aggregation propensity of a series of Trp-flanked peptides specifically

tagged with pyrene [65]. Analysis of energy transfer from Trp to pyrene indicated

that hydrophobic mismatch promotes helix-helix association. Using fluorescent

labels 5-((2-aminoethyl)amino) naphthalene-1-sulfonic acid (EDANS) as a donor

and fluorescein isothiocyanate (FITC) as an acceptor, Fernandes et al. obtained the

arguments in favor of membrane-mediated dimerization of N-terminal amphipathic

a-helix peptide (H0-NBAR) of the BAR (Bin, amphiphysin, Rvs) domain. It was

demonstrated that simultaneous fitting of two datasets corresponding to different

lipid/protein ratios permits quantification of the FRET contributions from

aggregated and nonaggregated peptide [66]. FRET measurements performed by

Fung and coworkers with Cy3-Cy5 donor-acceptor pair offered insights into the

mechanisms of membrane-mediated oligomerization of b2-adrenoceptor [67].

Tetrameric species of this protein were hypothesized to dominate in the lipid

bilayer from DOPC and cholesterol hemisuccinate.

One of the main tendencies in the past decade is the increasing use of FRET in

monitoring the process of protein aggregation in vivo. For instance, Rajan et al.

found evidence for high specificity of protein-protein interactions in living cell [68].

For this purpose, aggregation-prone proteins were biosynthetically tagged with
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mutant forms of green fluorescent protein (GFP), cyan (CFP), and yellow fluores-

cent proteins (YFP), with spectral overlap suitable for FRET. Similar donor-

acceptor pair was employed by Mihai et al. who investigated oligomerization of

discoidin domain receptor on the cell surface [69] and Woehler et al. who analyzed

the oligomeric state of the 5-HT1A receptor within living cells [70]. Liu and

coauthors recruited GFP as a donor and red fluorescence protein (RFP) as an

acceptor in confocal FRET microscopy study of T5P gC-crystallin aggregation in

cell cytoplasm [71].

Remarkably, combined use of different FRET formats allows determining the

structure of complex protein-lipid aggregates, as was demonstrated in recent studies

of Coutinho et al. [72, 73]. By measuring energy transfer in two types of donor-

acceptor pairs, involving BODIPY-labeled lipid or Alexa-488-labeled protein as

donors and rhodamine-labeled lipids as acceptors, the authors succeeded in struc-

tural characterization of supramolecular aggregates formed by lysozyme and nega-

tively charged membranes. The recovered pinched multilamellar motif was

hypothesized to govern the structure of amyloid-like fibrils found in protein-lipid

systems.

8 Protein-Induced Lipid Demixing Monitored by FRET

Another essential aspect in which FRET technique may prove useful concerns

membrane heterogeneity, viz., lipid lateral redistribution in response to protein

binding followed by domain formation [74, 75]. Two underlying processes are

considered: (1) local lipid demixing implicating molecular-scale deviation from the

average lipid composition within and around the protein-membrane interaction

zone and (2) the formation of macroscopic protein-lipid domains enriched in

specific lipid [76, 77]. The characteristic distance scale of energy transfer makes

this technique particularly sensitive to nanometer-size domains. Pros and cons of

different approaches to FRET analysis of lateral membrane domains are given in

exhaustive recent reviews [15, 78]. Therefore, here, we restrict ourselves to sim-

plest illustrations of how steady-state FRET can be used to detect domain formation

in the model protein-lipid systems.

We employed FRET to define demixing-favoring conditions and the extent of

lipid redistribution produced by the basic proteins lysozyme and cytochrome c in

the binary negatively charged model membranes composed of PC and PG [44, 79].

To answer the question of whether these proteins are capable of inducing the

formation of lateral domains enriched in anionic lipids, we compared energy

transfer efficiencies in the systems containing either AV-PC or AV-PG as energy

acceptors for lysozyme tryptophans or energy donors for heme group of cyto-

chrome c. As shown in Fig. 4, the use of AV-PG instead of AV-PC as energy

acceptor for tryptophan residues of lysozyme resulted in higher efficiencies of

energy transfer. This finding can be interpreted in terms of lysozyme ability to

promote lipid lateral redistribution followed by the accumulation of anionic lipid in
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the vicinity of bound protein. As positively charged lysozyme approaches the

membrane surface, PG molecules migrate toward interaction zone, thereby

replacing PC molecules. To describe this process, the FRET model considered

above was complemented by two additional parameters, characterizing the radius

of lateral domains (rdm) and the ratio of PG concentrations in the interaction zone at

nonrandom and random acceptor distribution (k). Thus, the expressions for FRET
efficiency take the following form:
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Here Lout is the lipid concentration in the outer monolayer, fb ¼ B=P is the

fraction of bound protein,B is the molar concentration of bound protein, andP is the

total protein concentration. The FRET profiles obtained with AV-PG as energy

acceptor were approximated by Eqs. 32–34, using the following data treatment

strategy: (1) parameter k was allowed to vary from 1 to its maximum value (2.5)

possible for themodel membranes under study, in which PG proportion was 40mol%;

(2) parameter rdm was taken from the limits dictated by the requirement that the

area occupied by protein-induced lateral domains must be less than the total

membrane area Pfbpr2dmk 	 LoutSL ; and (3) parameter dc , denoting the distance

between the plane of donors, that is, lysozyme tryptophan residues, and membrane

midplane, was optimized for every pair of rdm and k. In this way, we recovered the

sets rdm; k; dcgf providing the best fit of the experimental data. Good agreement

between theory and experiment was found for conditions where size of the region

with increased PG concentration ( rdm ) was less than 3.4 nm. The fact that this

estimate is comparable with lysozyme radius (ca. 3 nm) is indicative of a local

deviation from the average lipid composition.

Analogous conclusion was reached for another basic protein – cytochrome c
using simulation-based data analysis methodology. We examined FRET between

AV-PC or AV-PG as donors and the heme group of cytochrome c as an acceptor in
PC/PG model membranes containing 10-, 20-, or 40-mol% PG [79]. The

differences between AV-PC and AV-PG FRET profiles were observed only at PG

content 10 mol%, suggesting a segregation of anionic lipids into lateral domains.
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To interpret this effect quantitatively, the Monte-Carlo simulation was designed, in

which AV-PG donors were considered as being randomly distributed within disk-

shaped domains centered at each acceptor location. Our main goal was to determine

characteristic domain size, that is, dimension of the protein-affected region where

PG concentration is k times higher than that for a random lipid distribution.

Positions of donors and acceptors were generated randomly in a square cell with

the side length taken as 10Ro, assuming periodic boundary conditions to avoid edge

effects. The relative quantum yield averaged over all donors was calculated from

the fluorophore coordinates using the following equation:

Qr ¼ 1

ND

X

ND

j¼1

1þ
X
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i¼1

Rr
ok

2ðrijÞ
rij

� �6
" #�1
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where ND, NAC stand for the number of donors and acceptors in a square cell. The

number of acceptors was determined by multiplying protein surface density by the

cell square. By operating with the quantities, such as domain radius, the ratio of PG

concentrations in the domain region at nonrandom and random distribution of

charged lipids and total number of disk-shaped domains, which was taken equal

to the number of membrane-bound protein molecules, we calculated the number of

donors (i.e., AV-PG or AV-PC) in domain and nondomain regions of a cell. The

simulation procedure was repeated for multiple fluorophore configurations until the

standard deviation in relative quantum yield was less than 2 %. Simulation-based

fitting of the FRET data with k being varied from 1 to 10 (the value corresponding to

complete replacement of PC with PG) revealed domain radius not to exceed 4 nm,

implying that cytochrome-induced lipid demixing takes place locally, in the imme-

diate vicinity of the adsorbed protein.

9 Concluding Remarks

The past few decades have seen tremendous upsurge in the use of FRET technique

in biomedical studies, especially in structural characterization of membrane

systems. This chapter illuminates only a minor fraction of FRET applications in

this research area. Our goal was to illustrate that even the simplest steady-state

formats of FRET measurements feasible for most laboratories can provide valuable

information about the structure of protein-lipid assemblies. FRET between multiple

donors and acceptors distributed in lipid phase or confined to membrane-associated

protein molecules can be described analytically only for the case of random

fluorophore distribution. Therefore, the accent is now shifting toward the develop-

ment of simulation-based data analysis approaches, particularly, Monte-Carlo

simulations, which offer much more versatility and can be applied for any complex

geometric conditions [80, 81]. Another recent trend is the extension of time-

resolved FRET measurements having serious advantages in determining the size
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of lateral membrane domains [15]. Nevertheless, potential of steady-state FRET is

far from being fully exhausted. The above examples demonstrate that this kind of

FRET may prove useful in answering the questions of (1) whether there exists

certain specific orientation of the protein molecule relative to lipid-water interface;

(2) what is the transverse membrane location of protein fluorophores; (3) what are

the protein-membrane binding characteristics; (4) how membrane environment

affects protein aggregation state; and (5) whether lipid molecules undergo lateral

redistribution in response to protein adsorption.

In general, the most sensible experimental strategies for FRET-based analysis of

protein-lipid interactions seem to lie in correlating the data from a multitude of

donor-acceptor pairs (involving both intrinsic and extrinsic protein fluorophores

and lipid tags with defined bilayer location) and different formats of FRET

measurements. The perspectives of FRET are associated with synergistic progress

in the development of novel (1) instrumentation and more sophisticated data

treatment methods, (2) genetically encoded fluorescent proteins and site-specific

fluorescent labels, and (3) fluorophores with improved characteristics (higher

signal/background noise ratio and photostability, smaller size, wider range of

excited state lifetimes). There is no doubt that continuous refinement of FRET

technique will substantially expand the area of its application in membrane studies.
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Chem 246:1511–1535

31. Nazarov PV, Koehorst RB, Vos WL, Apanasovich VV, Hemminga MA (2006) FRET study of

membrane proteins: simulation-based fitting for analysis of membrane protein embedment and

association. Biophys J 91:454–466

32. Lehto MT, Sharom FJ (2002) Proximity of the protein moiety of a GPI-anchored protein to the

membrane surface: a FRET study. Biochemistry 41:8368–8376

33. Antollini SS, Soto MA, de Romanelli IB, Gutierrez-Merino C, Sotomayor P (1996) Physical

state of bulk and protein-associated lipid in nicotinic acetylcholine receptor-rich membrane

FRET Analysis of Protein-Lipid Interactions 137



studied by laurdan generalized polarization and fluorescence energy transfer. Biophys J

70:1275–1284

34. Barrera FN, Poveda JA, Gonzalez-Ros JM, Neira JL (2003) Binding of the C-terminal sterile a
motif (SAM) domain of human p73 to lipid membranes. J Biol Chem 278:46878–46885

35. Ramachandran R, Tweten RK, Johnson AE (2005) The domains of a cholesterol-dependent

cytolysin undergo a major FRET-detected rearrangement during pore formation. Proc Natl

Acad Sci U S A 102:7139–7144

36. Kleinfeld AM, Lukacovic MF (1985) Energy transfer study of cytochrome b5 using the

anthroyloxy fatty acid membrane probes. Biochemistry 24:1883–1890

37. Ward RJ, Palmer M, Leonard K, Bhakdi S (1994) Identification of a putative membrane-

inserted segment in the a -toxin of Staphylococcus aureus. Biochemistry 33:7411–7484

38. Liu R, Sharom FJ (1998) Proximity of the nucleotide binding domains of the P-glycoprotein

multidrug transporter to the membrane surface: a resonance energy transfer study. Biochemis-

try 37:6503–6512

39. Shaklai N, Yguerabide J, Ranney HM (1977) Interaction of hemoglobin with red blood cell

membranes as shown by a fluorescent chromophore. Biochemistry 16:5585–5592

40. Munkonge F, East JM, Lee AG (1989) Positions of the sites labeled by N-cyclohexyl-N0-(4-
dimethylamino-1-naphthyl)carbodiimide on the (Ca2+ + Mg2+)-ATPase. Biochim Biophys

Acta 979:113–120

41. Johnson DA, Nuss JM (1994) The histrionicotoxin-sensitive ethidium binding site is located

outside of the transmembrane domain of the nicotinic acetylcholine receptor: a fluorescence

study. Biochemistry 33:9070–9077

42. Remmers AE, Neubig RR (1993) Resonance energy transfer between guanine nucleotide

binding protein subunits and membrane lipids. Biochemistry 32:2409–2414

43. Carraway KL, Koland JG, Cerione RA (1990) Location of the epidermal growth factor binding

site on the EGF receptor. A resonance energy transfer study. Biochemistry 29:8741–8747

44. Gorbenko GP, Ioffe VM, Molotkovsky JG, Kinnunen PKJ (2008) Resonance energy transfer

study of lysozyme-lipid interactions. Biochim Biophys Acta 1778:1213–1221

45. Gorbenko GP, Molotkovsky JG, Kinnunen PKJ (2006) Cytochrome c interaction with

cardiolipin/phosphatidylcholine model membranes: effect of cardiolipin protonation. Biophys

J 90:4093–4103

46. Davenport L, Dale R, Bisby R, Cundall R (1985) Transverse location of the fluorescent probe

1,6-diphenyl-1,3,5-hexatriene in model lipid bilayer membrane systems by resonance excita-

tion energy transfer. Biochemistry 24:4097–4108

47. Dorn IT, Neumaier KR, Tampe R (1998) Molecular recognition of histidine-tagged molecules

by metal-chelating lipids monitored by fluorescence energy transfer and correlation spectros-

copy. J Am Chem Soc 120:2753–2763

48. Wang T, Pentyala S, Rebecchi MJ, Scarlata S (1999) Differential association of the pleckstrin

homology domains of phospholipases C-b1, C-b2, and C-d1 with lipid bilayers and the bg
subunits of heterotrimeric G proteins. Biochemistry 38:1517–1524

49. Komander D, Fairservice A, Deak M, Kular GS, Prescott AR, Downes CP, Safrany ST, Alessi

DR, van Aalten DMF (2004) Structural insights into the regulation of PDK1 by phosphoi-

nositides and inositol phosphates. EMBO J 23:3918–3928

50. Domanov YA, Gorbenko GP, Molotkovsky JG (2004) Global analysis of steady-state energy

transfer measurements in membranes: resolution of structural and binding parameters.

J Fluoresc 14:49–55

51. Fernandes F, Loura LMS, Koehorst R, Spruijt RB, Hemminga M, Fedorov A, Prieto M (2004)

Quantification of protein-lipid selectivity using FRET: application to the M13 major coat

protein. Biophys J 87:344–352

52. Capeta RC, Poveda JA, Loura LMS (2006) Non-uniform membrane probe distribution in

resonance energy transfer: application to protein-lipid selectivity. J Fluoresc 16:161–172

138 G. Gorbenko and P.K.J. Kinnunen



53. Picas L, Suarez-Germa C, Montero MT, Vazquez-Ibar JL, Hernandez-Borrell JH, Prieto M,

Loura LMS (2010) Lactose permease lipid selectivity using Förster resonance energy transfer.

Biochim Biophys Acta 1798:1707–1713

54. Loura LMS, Prieto M, Fernandes F (2010) Quantification of protein-lipid selectivity using

FRET. Eur Biophys J 39:565–578

55. Hillger F, Nettels D, Dorsch S, Schuler B (2007) Detection and analysis of protein aggregation

with confocal single molecule fluorescence spectroscopy. J Fluoresc 17:759–765

56. Li E, You M, Hristova K (2005) Sodium dodecyl sulfate – polyacrylamide gel electrophoresis

and Förster resonance energy transfer suggest weak interactions between fibroblast growth

factor receptor 3 (FGFR3) transmembrane domains in the absence of extracellular domains

and ligands. Biochemistry 44:352–360

57. Floyd DH, Geva A, Bruinsma SP, Overton MC, Blumer KJ, Baranski TJ (2003) C5a receptor

oligomerization. II. Fluorescence resonance energy studies of a human G protein-coupled

receptor expressed in yeast. J Biol Chem 278:35354–35361

58. Agirre A, Barco A, Carrasco L, Nieva JL (2002) Viroporin-mediated membrane permeabi-

lization: pore formation by nonstructural poliovirus 2B protein. J Biol Chem

277:40434–40441

59. Moens PDJ, Yee DJ, Remedios CG (1994) Determination of the radial coordinate of Cys-374

in F-actin using fluorescence resonance energy transfer spectroscopy: effect of phalloidin on

polymer assembly. Biochemistry 33:13102–13108

60. Vanderkooi JM, Ierokomas A, Nakamura H, Martonosi A (1977) Fluorescence energy transfer

between Ca2+ transport ATPase molecules in artificial membranes. Biochemistry

16:1262–1267

61. John E, Jahnig F (1991) Aggregation state of melittin in lipid vesicle membranes. Biophys J

60:319–328

62. Adair BD, Engelman DM (1994) Glycophorin A helical transmembrane domains dimerize in

phospholipid bilayers: a resonance energy transfer study. Biochemistry 33:5539–5544

63. Milligan DL, Koshland DE (1988) Site-directed cross-linking: establishing the dimeric struc-

ture of the aspartate receptor of bacterial chemotaxis. J Biol Chem 263:6268–6275

64. Li M, Reddy LG, Bennett R, Silva ND, Jones LR, Thomas DD (1999) A fluorescence energy

transfer method for analyzing protein oligomeric structure: application to phospholamban.

Biophys J 76:2587–2599

65. Sparr E, Ash WL, Nazarov PV, Rijkers DT, Hemminga MA, Tieleman DP, Killian JA (2005)

Self-association of transmembrane-helices in model membranes: importance of helix orienta-

tion and role of hydrophobic mismatch. J Biol Chem 280:39324–39331

66. Fernandes F, Loura LMS, Chichon FJ, Carrascosa JL, Fedorov A, Prieto M (2008) Role of

helix 0 of the N-BAR domain in membrane curvature generation. Biophys J 94:3065–3073

67. Fung JJ, Deup X, Pardo L, Yao XJ, Velez-Ruiz GL, DeVree BT, Sunahara RK, Kobilka BK

(2009) Ligand-regulated oligomerization of b2-adrenoceptors in a model lipid bilayer. EMBO

J 28:3315–3328

68. Rajan SR, Illing ME, Bence NF, Kopito RR (2001) Specificity in intracellular protein

aggregation and inclusion body formation. Proc Natl Acad Sci U S A 98:13060–13065

69. Mihai C, Chotani M, Elton TS, Agarwal G (2009) Mapping of DDR1 distribution and

oligomerization on the cell surface by FRET microscopy. J Mol Biol 385:432–445

70. Woehler A, Wlodarczyk J, Ponimaskin EG (2009) Specific oligomerization of the 5-HT1A

receptor in the plasma membrane. Glycoconj J 26:749–756

71. Liu BF, Song S, HansonM, Liang JJN (2008) Protein-protein interactions involving congenital

cataract T5P gC-crystallin mutant: a confocal fluorescence microscopy study. Exp Eye Res

87:515–520

72. Coutinho A, Loura LMS, Fedorov A, Prieto M (2008) Pinched multilamellar structure of

aggregates of lysozyme and phosphatidylserine-containing membranes revealed by FRET.

Biophys J 95:4726–4736

FRET Analysis of Protein-Lipid Interactions 139



73. Coutinho A, Loura LMS, Prieto M (2011) FRET studies of lipid-protein aggregates related to

amyloid-like fibers. J Neurochem 116:696–701

74. Kenworthy AK, Petranova N, Edidin M (2000) High-resolution FRET microscopy of cholera

toxin B-subunit and GPI-anchored proteins in cell plasma membranes. Mol Biol Cell

11:1645–1655

75. Loura LMS, de Almeida RFM, Prieto M (2001) Detection and characterization of membrane

microheterogeneity by resonance energy transfer. J Fluoresc 11:197–209

76. Sperotto MM, Mouritsen OG (1993) Lipid enrichment and selectivity of integral membrane

proteins in two-component lipid bilayers. Eur Biophys J 22:323–328

77. Mbamala EC, Ben-Shaul A, May S (2005) Domain formation induced by the adsorption of

charged proteins on mixed lipid membranes. Biophys J 88:1702–1714

78. Loura LMS, de Almeida RFM, Silva LC, Prieto M (2009) FRET analysis of domain formation

and properties in complex membrane systems. Biochim Biophys Acta 1788:209–224

79. Gorbenko GP, Trusova VM, Molotkovsky JG, Kinnunen PKJ (2009) Cytochrome c induces

lipid demixing in weakly charged phosphatidylcholine/phosphatidyl-glycerol model

membranes as evidenced by resonance energy transfer. Biochim Biophys Acta 1788:

1358–1365

80. Berney C, Danuser G (2003) FRET or no FRET: a quantitative comparison. Biophys J

84:3992–4010

81. Corry B, Jayatilaka D, Rigby P (2005) A flexible approach to the calculation of resonance

energy transfer efficiency between multiple donors and acceptors in complex geometries.

Biophys J 89:3822–3836

140 G. Gorbenko and P.K.J. Kinnunen



Hydration andMobility in Lipid Bilayers Probed

by Time-Dependent Fluorescence Shift

Sarka Pokorna, Agnieszka Olżyńska, Piotr Jurkiewicz,

and Martin Hof

Abstract Biological membranes as an indispensable part of living organisms

are permanently surrounded by the molecules of water. The presence of water

is essential for maintaining their structure and functionality. Therefore, lipid bilayer

hydration, mobility of the hydrated lipids, and their changes upon perturbations are

appealing characteristics in the lipid membrane research. Time-dependent fluorescent

shift (TDFS) measurements enable probing these properties in biologically relevant

fully hydrated liquid crystalline lipid bilayers with a simple instrumentation and easy

data treatment. Since the native lipidmolecules do not fluoresce naturally, the extrinsic

probing with a suitable fluorescent dye is necessary. There are a number of fluorescent

membrane polarity probes designed for this purpose with different spectral properties

and locations within the lipid bilayer. The basics of the technique are explained

together with some useful additional considerations. The convenience of the TDFS

method is demonstrated with examples from recent research on the study of the

interactions of ions with lipid bilayers, and the monitoring of mobility and hydration

changes along the bilayer normal upon addition of the oxidized phospholipids.

Keywords Hofmeister series � Model lipid membranes � Oxidized lipids � Solvent
relaxation � Specific ionic effects � TDFS
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182 23 Prague 8, Czech Republic

e-mail: piotr.jurkiewicz@jh-inst.cas.cz
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1 Introduction

Biological membranes are an integral part of all organisms and as such are fully

immersed in the aqueous media. Water is essential for preserving their structure and

function. Water molecules vividly interact with the molecules of lipids, mostly via

hydrogen bonding. The very existence of lipid membranes rests on the hydrophobic

effect, which organizes the amphiphilic lipid molecules with their hydrophilic

headgroups facing aqueous solution and the hydrophobic tails hidden inside the

bilayer. Also, the fluidity of the membranes depends on their hydration [1, 2]. It was

shown that 70% of dimyristoylphosphatidylcholine molecules are clustered via

water molecules, which form an intermolecularly hydrogen-bonded network, thus

hindering the lipid headgroup mobility [3, 4]. Both hydration and mobility are the

appealing characteristics of the biological membranes.

Under physiological conditions, lipid bilayer is a dynamic, fluidlike, self-sealing

film comprising thousands of lipids, proteins, and sugars. Due to this complex

chemical composition, phase heterogeneity (liquid ordered, liquid disordered, and

gel phases), and the dominant role of weak interactions, the structure-function

paradigm, successfully used to study many aspects of molecular biology, fails

when applied to the lipid membranes. Instead, physical methods based on experi-

mental and computational techniques should be used to reveal the subtle structural

organization of membranes. There are a number of techniques that provide valuable

information about the structure, dynamics, and hydration of the lipid bilayers, e.g.,

NMR [5–8], neutron and x-ray scattering [9–11], ESR [12], infrared spectroscopy

[13, 14], fluorescence [15–17], or molecular dynamic simulations [1, 4, 18, 19]. The

time-dependent fluorescent shift (TDFS), which utilizes fluorescent polarity probes,

can shed light on the properties directly related to the hydration: the extent of lipid

bilayer hydration, penetration and permeation of water molecules, interaction of

lipids with water molecules and ions, the strength and dynamics of such interactions

and their influence on the lipid bilayer structure, and local mobility of the fully

hydrated lipid headgroups. The big advantage of this method is the possibility of

studying the fully hydrated liquid crystalline, therefore, biologically relevant,

bilayers with simple instrumentation and convenient data treatment.

The lipids, which are commonly present in the cellular membranes, do not

fluoresce naturally, and thus, an incorporation of an extrinsic, synthetic fluorescent

probe is necessary. The choice of the right probe is a crucial step of the experiment,

as the probe molecule could specifically interact with the lipids and influence the

142 S. Pokorna et al.



properties of a membrane. Once a suitable probe is chosen, TDFS was proven to

be a reliable and elegant method for measuring the membrane hydration and

local mobility.

2 What Is Time-Dependent Fluorescence Shift (TDFS)?

Fluorescence emission can be influenced by the processes occurring in the vicinity

of the fluorophore. The dipoles of the fluorescent probes used in the TDFS

measurements interact with the dipoles of the surrounding molecules, and hence,

the probes are sensitive to the polarity of their environment. By applying the time-

resolved fluorescence measurements, one can obtain not only the polarity but also

the knowledge about the kinetics in the vicinity of the fluorescent probe.

The TDFS method is based on the observation of the solvent dipole reorientation

(solvent relaxation) around the fluorescent dye in its excited state. In the ground

state, solvent molecules surrounding the probe are spatially ordered, so as to

compensate for the dipole moment of the probe, and thus occupy a state with the

lowest possible energy. Rapid electronic excitation of the dye leads to redistribution

of its charge, while the solvent nuclei remain in the spatial arrangement commen-

surate with the ground-state dipole moment of the dye following the Franck-

Condon principle. To reach the energetically favorable state again, solvent

molecules have to reorient; this process is called solvent relaxation (SR). If the

solvent relaxation occurs within the timescale of the fluorescence lifetime of a

probe, emission from the states between the Franck-Condon and the relaxed S1 state

can be observed (Fig. 1) [20–22].

2.1 Reconstruction of the Time-Resolved Emission Spectra
(TRES)

Emitted photons carry less and less energy in time following excitation, because of

the ongoing relaxation process, so the continuous red shift of the emission spectra in

time is observed. The time-dependent red shift of the fluorescence spectra contains

complex information about solvent relaxation dynamics. Since direct recording of

the fluorescence spectra with time has serious limitations [22], the commonly used

procedure involves an indirect measurement followed by the reconstruction of the

time-resolved emission spectra (TRES). From a further analysis of TRES, two main

parameters as well as other characteristics can be obtained.

TRES are reconstructed from the experimentally obtained fluorescence decays.

Due to the nonideality of the instrumentation, the measured decays Dm(t) are in fact
convolutions of the real fluorescence decays D(t) with the so-called instrument

response function, IRF(t). Since deconvolution is an ill-posed problem, an iterative
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reconvolution fitting procedure is used, where each of the measured fluorescence

decays is fitted with multi-exponential function convoluted with the instrument

response function:

DmðtÞ ¼ IRFðtÞ �
X

i

AiðlÞ: expð� t

ti
Þ: (1)

IRF is measured as Rayleigh scattering at the excitation wavelength that was

used for recording the fluorescence decays. The fitting is performed as a way of

“deconvolution” and to interpolate the decay originally recorded in a limited number

of channels. Thus, the obtained multi-exponential function is a parametrized form

of D(t).
A set of fluorescence decays, Dm(l, t), is measured over a series of emission

wavelengths, l, spanning the steady-state emission spectrum of the probe, and is

recorded for each sample. In Fig. 2a, decaysmeasured for l ¼ 400 nm and 540 nm are

depicted. It can be seen that for the shorter wavelength, the fluorescence emission

decays are significantly faster than for the longer one. At shorter wavelengths, the

photons with a higher energy (close to the Franck-Condon state) are emitted predomi-

nantly. On the contrary, the photons emitted from the solvent-relaxed state carry

less energy and, thus, are detected at longer wavelengths. The system needs time

Fig. 1 Solvent relaxation process. In the ground state of the probe, the arrangement of the dipoles

of the fluorophore and the solvent molecules minimizes the free energy of the system. Upon an

electronic excitation, the dipole moment of the probe changes rapidly, while the solvent dipoles

remain in the ground-state order (so-called Franck-Condon state). The reorientation of the solvent

molecules, which are adapting to this new situation, is known as solvent relaxation. This relaxation

leads to the solvent-relaxed S1 state, where the dipoles are oriented so as to lower the free energy of

the system. When the solvent relaxation occurs on a similar timescale to fluorescence lifetime,

emission from the states between the Franck-Condon and the relaxed one is observed. Relaxation

of the solvent molecules happens also in the ground state, but in the TDFS experiments, the excited

state process is the one that is observed
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to relax to that lower energy state; thus, the decays monitored at 540 nm have

pronounced rising beginnings.

The decays measured at different emission wavelengths are put together and

normalized to the steady-state emission spectrum, S0(l), in order to reconstruct the

TRES(l, t):

TRESðl; tÞ ¼ Dðl; tÞ � S0ðlÞ
Ð

1

0

Dðl; tÞdt
: (2)

An example of the reconstructed TRES is given in Fig. 2b. Spectra are

transformed to the wave number domain and fitted with an appropriate function

(log-normal function is often used) in order to determine their position, n(t), and
width (full width at half maximum, FWHM(t)).
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Fig. 2 Process of data analysis. Illustration of data treatment for two samples: dioleoylphosphati-

dylcholine (DOPC) large unilamellar vesicles in 150-mM NaCl (black solid lines, open circles) and
TBACl (red dotted lines, filled circles); the final values were tNaCl ¼ 1.59 ns, DnNaCl ¼ 4,136 cm�1

and tTBACl ¼ 1.89 ns, DnTBACl ¼ 4,004 cm�1. (a) Fluorescence decays for both NaCl (black line)
and TBACl (red line) were measured for wavelengths from 400 to 540 nmwith 10-nm step. The first

(400 nm) and last (540 nm) decays are shown. (b) The TRES calculated from the series of decays

together with steady-state emission spectra. Fitting the TRES provides the information about (c) the

position of the spectra maxima n(t) and (d) the full width at half maximum (FWHM)
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2.2 Parameters Obtained from TRES and Their Interpretation

Time-dependent shift of the peak maximum of TRES, n(t), carries information on

the polarity and mobility of the microenvironment of the fluorescent probe. These

two characteristics can be separated and quantified by defining two parameters. The

first one, the total spectral shift, describes the overall loss of the energy (in wave

numbers) of the system, caused by the process of solvent relaxation:

Dn ¼ nð0Þ � nð1Þ: (3)

The position of the so-called time-zero spectrum, n(0), is related to the hypo-

thetical state in which the fluorescent molecule is vibrationally relaxed but emits

before any solvent nuclear motion occurs. Because of the finite time resolution of

the instrumentation, it is impossible to measure this spectrum directly. Instead, it

can be estimated using the steady-state absorption and emission spectra measured

in a nonpolar solvent and absorption spectrum measured in the system of interest

[23]. The position of the infinity spectrum, n(1), is related to the relaxed S1 state
(electronically excited but equilibrated in terms of the solvation of the excited

fluorophore) and usually can be easily extrapolated from the measurement.

Provided the relaxation is the only action connected with the dissipation of energy,

Dn should represent the microenvironment polarity. The linear proportionality

between Dn and polarity of the neat solvent, in which the probe was dissolved,

was verified experimentally [20].

Moreover, n(t) contains information about the kinetics of the relaxation. After

a simple normalization of n(t),

CðtÞ ¼ nðtÞ � nð1Þ
nð0Þ � nð1Þ ; (4)

the resulting correlation function, C(t) (also referred to as the spectral response

function), can be easily analyzed giving a measure of the mobility of the solvent

molecules in the vicinity of the probe. Examples of two different correlation

functions are presented in Fig. 2c. It is worth noting that, although the differences

between the two samples are hardly visible in the decays (Fig. 2a), the corres-

ponding correlation functions can be easily distinguished (Fig. 2c). Correlation

function can be fitted or integrated to obtain a numerical measure of the solvent

relaxation kinetics.

The mean integrated relaxation time can be calculated as follows:

t �
ð

1

0

CðtÞdt (5)
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Relaxation time describes the resistance in the vicinity of the fluorophore against

the rearrangement of molecules or group of atoms. Macroscopically, it was shown

to be proportional to the viscosity of neat solvents [20].

The interpretation of the above-defined TDFS parameters, when measured in

lipid membranes, may be the following. The spectral shift is usually attributed to

the extent of membrane hydration at the site probed, since the dipoles of water

molecules are the main contributors to the relaxation process. A detailed knowledge

about the location of the fluorescent probe in the membrane allows for the determi-

nation of the hydration at a precise depth in the bilayer; in particular, usage of

probes with different locations in the bilayer aids in determining the whole hydra-

tion profile of the bilayer (see Sect. 3.2). However, it is important to remember that

Dn reflects the polarity of the probe environment, and, when the other polar

moieties can participate in the relaxation process, the relation between Dn and

membrane hydration may no longer be valid.

Relaxation time measured in lipid membranes is usually related to the local

mobility of the hydrated lipids. It is remarkable that while in bulk water at

room temperature the solvent relaxation is a subpicosecond process [20], in lipid

membranes, the relaxation has a pronounced nanosecond component [24, 25]. This

significant retardation of solvent relaxation by ~ 1,000-fold is believed to be a result

of the bonding of water molecules to the lipids [25]. When probing the outer part of

the lipid headgroup region, a part of the relaxation process is very fast and

originates from the water molecules that can easily exchange with the bulk water

molecules. But already at the glycerol level, the relaxation is purely a nanosecond

process, since the water molecules are fully bound to the carbonyls and phosphate

groups, and, thus, the mobility of these hydrated lipid moieties is the one observed

in the TDFS experiment. Water molecules can also penetrate down to the hydro-

phobic backbone region of the lipid bilayer, although these are rather rare events

and the TDFS response in this region becomes more complex [26]. The recent

studies, combining TDFS experiment with computer simulations, can greatly help

with the interpretation of the relaxation processes in membranes on a molecular

level [27].

2.3 Additional Information Contained in TRES

The two above-mentioned parameters (Dn and t) are used regularly to characterize

the properties of phospholipid membranes in TDFS measurements. However, as the

solvent relaxation is a complex phenomenon even in pure solvents, not to mention

such an anisotropic chemically complex aggregates as lipid bilayers, one should be

careful not to misinterpret the data. Thus, the TRES should be analyzed in a more

complete way.

The time course of the full width at the half maximum of the TRES, FWHM(t), is
a very useful tool when evaluating the results. It was shown that in the lipid bilayers

[28, 29] as well as in the supercooled liquids [30], the FWHM(t) passes through
a maximum. In those heterogeneous systems, the solvent microenvironments are
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spatially distributed and respond to the change in the electric dipole moment of the

dye independently, thus allowing some solvent molecules to relax faster than

others. This means that, while at the beginning and at the end of the relaxation

the microenvironments of all fluorophore molecules are similar, during the relaxa-

tion, a variety of different microenvironments is present. This causes a broadening

of the spectra at intermediate times of the solvent relaxation process, which is

reflected in the shape of FWHM [24, 30, 31]. A typical example of the FWHM is

depicted in Fig. 2d. In this example, both the initial increase of the FWHM and the

decrease are completely portrayed, which means that the relaxation process was

occurring on the timescale of the experiment and was fully captured. The position

of the well-pronounced FWHM maximum is related to the mean relaxation time.

When only a decrease of the FWHM is present, it indicates that the relaxation was

too fast for the time resolution of the instrument and that only a part of the process

was captured. On the other hand, if only the increase is observed, the relaxation

process was too slow, and due to limited lifetime of the S1 state, only the beginning
of the relaxation process was detected.

FWHM is proportional to the heterogeneity of the probe environments, so it

gives important additional information about the possible nonunimodal distribution

of the probe, e.g., in the case of two locations of the probe within the lipid bilayer.

FWHM also helps in determining the existence of different modes of relaxation.

When the relaxation process consists of different modes, the kinetics of which

substantially differs, it is often manifested in the presence of two or more maxima in

the FWHM curve.

A comparison of the position of the peak maximum in the reconstructed TRES at

t ¼ 0 to that of the estimated time-zero spectrum provides quantitative information

on the extent of the relaxation process that was captured in the experiment. Under

the assumption that the n(1) was recorded correctly, the percentage of the relaxa-

tion observed in the experiment is given by

% of relaxation observed ¼ Dnestimated � Dnreconstructed; (6)

where Dnestimated and Dnreconstructed are calculated based on the n0 values obtained
from the estimation of the time-zero spectrum and reconstructed TRES,

respectively.

2.4 TDFS in Lipid Membranes: Gradient of Polarity
and Relaxation Timescale Along the Bilayer Normal

It was demonstrated that the ultrafast subpicosecond response dominates the

process in aqueous solvation [20, 32]. In contrast, a substantial part of the relaxation

in supramolecular assemblies, such as phospholipid bilayers, occurs on the nano-

second timescale [33–38]. This creates an enormous gradient in the relaxation

times.
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With respect to their structure, two main regions could be distinguished within

the bilayers: the headgroup and the backbone regions. The first consists of lipid

headgroups, i.e., phosphate, choline, and serine moieties, as well as glycerol and

carbonyl groups. This part is very heterogeneous in its composition and conse-

quently in its hydration. For instance, around one choline group, 25–30 water

molecules form a clathrate shell; on the other hand, ethanolamine moiety is

surrounded by 10–12 water molecules, which are able to interact directly with its

ammonium group [39–42]. Also the carbonyl and phosphate groups interact with

water molecules directly, via the hydrogen bonds [43, 44]. Fluorescent probes

embedded in this region probe partially also the bulk water, the relaxation of

which occurs on a much faster timescale (sub- to picosecond). Therefore, the

solvent dynamics in the headgroup region may occur on a rather broad timescale,

with reported picosecond as well as (sub)-nanosecond components [25, 33, 45].

Probes located deeper, e.g., close to the carbonyl level, show quite a homogenous

response on the nanosecond timescale [25, 28].

The backbone region consists of hydrocarbon chains of fatty acids. Surprisingly,

it was reported that water is able to penetrate even this hydrophobic part of the

bilayer [16, 46]. Monitoring the backbone region using anthroyloxy (AS) dyes

revealed hindered mobility and a decrease of water content when approaching the

bilayer center. The relaxation process of AS dyes is known to be rather complex

mostly because of an intramolecular relaxation of the molecule, which is responsible

for the ultrafast (picosecond) component in the fluorescence decay. Nevertheless,

it was shown that these dyes can serve as a valuable source of information on the

diffusion-controlled part of the solvent relaxation process, which occurs within

nanoseconds [25, 26, 36].

2.5 Lipid Membrane Probes Suitable for TDFS Measurements

As for all extrinsic molecular probes, the first requirement for a suitable probe is not

to interfere with the event studied. In TDFS measurement, the red shift originating

from an interaction between the dipoles of the fluorescent molecule and solvent

molecules is detected, so that the dye molecule should be characterized by large

charge redistribution upon the electronic excitation. Such molecules often contain

electron donor and acceptor groups (e.g., amino and carbonyl group of Prodan,

Laurdan, and Patman; Fig. 3). Fluorophores are commonly attached to a hydro-

carbon chain, in order to anchor the dye molecule in the phospholipid bilayer.

Lipid bilayers are very complex systems. Their hydration and mobility varies

significantly along the bilayer normal, from hydrophilic exterior often comprising

charged groups (choline, phosphate, etc.) to hydrophobic interior consisting of fatty

acid chains. Thus, the precise location of fluorescent probe is crucial to imparting

knowledge about the hydration and mobility of lipid bilayers through TDFS

measurements.
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A set of fluorescent probes, which enable monitoring the mobility and hydration at

different depths in lipid bilayer through TDFS measurements, is shown in Fig. 3.

The outer headgroup region can be probed by Dauda (11-((5-dimethylamino-

naphthalene-1- sulfonyl)amino)undecanoic acid) or C17DiFU (6,8-difluoro-4-

heptadecyl-7-hydroxycoumarin). DTMAC (4-[(n-dodecylthio)methyl]-7-(N,N-
dimethylamino)-coumarin), ABA-C15 (N-palmitoyl-3-aminobenzanthrone), and

Prodan (6-propionyl-2-dimethylaminonaphthalene) are located close to the phosphate

group of the phospholipid. Laurdan (2- dimethylamino-6-lauroylnaphthalene),

Patman (6-hexadecanoyl-2-(((2-(trimethylammonium)ethyl)methyl) amino)naphtha-

lene chloride), and 2-AS (9-(9-anthroyloxy)stearic acid) are located close to the

carbonyl region. Prodan, Laurdan, and Patman are widely used in TDFS measure-

ment. All three molecules have the same fluorophore: electron donating (amino) and

electron accepting (carbonyl) groups are separated by the naphthalene ring, ensuring

large dipole moment. They differ in the length of their hydrocarbon chains and,

therefore, in their location within the bilayer. Prodan with the shortest propionyl

chain is located closest to the lipid water interface, whereas Laurdan reflects the

sn-1 glycerol level and Patman is embedded even slightly deeper (Fig. 3) [25, 33,

34, 47–49]. Such probes, with the same fluorophore and different location, can be

advantageously used to determine which region is more affected by, e.g., protein

binding [34], or by changing the lipid composition [28] with good resolution.

The backbone region is often examined using n-anthroyloxy fatty acids. These

molecules are composed from anthroyloxy ring attached to the fatty acid chain at

different positions (n ¼ 2, 3, 6, 9, 12, 16) [26, 36]. Since the fluorophore could be
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attached to the hydrocarbon chain at different positions, these dyes are used to

monitor membrane hydration at different depths. Unfortunately, the nontrivial

solvation response of anthroyloxy dyes caused by the pronounced intramolecular

relaxation makes their application for TDFS measurements demanding [26, 36].

3 Applications

3.1 Interactions of Ions with Model Lipid Membranes

Under physiological conditions, biological membrane is always in contact with

aqueous solution of various salts. While the distinct biological functions of the ions

are often related to membrane proteins (e.g., ionic channels), their selectivity is also

displayed in their interactions with lipids. These specific interactions are repeatedly

linked to the Hofmeister series [50], an ordering of the effectiveness of ions to

precipitate proteins. While the same series (sometimes reversed or slightly altered

[51]) are displayed in a wide range of phenomena, their origin remains vague [52].

We have shown that the TDFS method can be successfully applied to study

specific effects of monovalent cations and anions in model membranes composed

of electrically neutral lipid dioleoylphosphatidylcholine (DOPC) [53]. While the

Hofmeister ordering has been clearly demonstrated for the series of monovalent

sodium salts (NaCl, NaBr, NaI, NaClO4, NaSCN), for which both the TDFS

parameters measured for Laurdan were significantly affected [54], little changes

were observed between different chlorides (NH4Cl, CsCl, KCl, NaCl) (unpublished

data). This is a common observation that Hofmeister effects are more sensitive to

anions than to cations.

Our study showed that big soft anions, like SCN�, easily incorporate into the

bilayer and locate at the hydrophilic/hydrophobic interface destabilizing the organi-

zation of the lipid molecules, which is manifested in faster relaxation kinetics and

increased hydration at the level of lipid carbonyls, where Laurdan is located.

Cations have an opposite effect – they all seem to rigidify the membrane, and the

relaxation becomes slightly slowed down, although no significant differences

between Naþ, Kþ, and Csþ were registered. The molecular level interpretation of

the TDFS results can be greatly facilitated by the use of molecular dynamics

simulations [27], and a number of mechanisms of ion-lipid bilayer interactions

have been proposed (i.e., ion pairing, presence of the water/hydrophobic interface,

steric hindrance, and the effect of counterion); see [54] for details.

In a recent study, we have investigated the interactions of 1M NaCl, KCl, and

CsCl with a negatively charged lipid bilayer, where the specific effects of cations

were expected to be enhanced. The lipid bilayer consisted of neutral palmitoylo-

leoylphosphatidylcholine (POPC) (i.e., DOPC and POPC headgroups are zwitter-

ionic) and 20 mol% of negatively charged palmitoyloleoylphosphatidylserine

(POPS), the mixture that is often used as a model of the inner lipid leaflet of a
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plasma membrane. For a comparison, TDFS in pure POPC membrane was also

measured. Both membranes were labeled with Laurdan. The TDFS results

presented in Fig. 4 show that indeed the addition of POPS strengthens adsorption

of monovalent cations and, moreover, reveal their specificity.

Relaxation curves (position of the maxima of TRES, n(t)) for all POPC samples

and for the POPC/POPS bilayer in pure water are very similar. The mobility of the

hydrated carbonyls of POPC was only slightly slowed down by the presence of salt,

but no specificity was observed. On the contrary, strong specific cationic effects

were observed in the POPC/POPS bilayer. The mobility at the carbonyls level was

restricted by the salts in the following order: water > CsCl > KCl > NaCl; with

t ¼ 3.17, 3.90, 4.16, and 4.50 ns, respectively (measured at 10 �C). For all of the
measured samples, the FWHM of TRES exhibited single maxima at times

corresponding to the integrated relaxation time, and no signs of any heterogeneity

in Laurdan relaxation were observed.

Also the second TDFS parameter, Dn, which for Laurdan is usually attributed to

the hydration of the lipid carbonyls, was sensitive to the cations when measured for

POPC/POPS vesicles. Hydration of POPC/POPS carbonyls decreased in the same

order as the mobility: water> CsCl>KCl>NaCl, with Dn ¼ 3,925, 3,850, 3,800,

Fig. 4 Position of the maxima of TRES of Laurdan embedded in POPC or POPC/POPS (4:1)

large unilamellar vesicles suspended in water or 1 M salt solutions (Adapted from [55])
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and 3,700 cm�1, respectively. Dehydration was not observed for pure POPC. It

is important to mention that Dn is usually less sensitive than the second SR

parameter, t. In this view, the observed level of dehydration, namely, a 225-cm�1

difference between water and NaCl solution, is remarkably large.

The above-discussed experimental findings were supported by molecular

dynamics simulations. Cations were shown to penetrate down to the glycerol

level of the lipid bilayer, where they pair with oxygen atoms of lipid carbonyls

clustering the neighboring lipids. This, in turn, compresses the membrane laterally,

hinders lipid dynamics, and dehydrates the membrane. All of these effects followed

the same Hofmeister ordering as the TDFS results. Please refer to the original

publication for a more detailed molecular interpretation provided by MD [55].

3.2 Changes of Lipid Bilayer Mobility and Polarity Upon
Lipid Oxidation

Upon oxidative stress, polyunsaturated phospholipids that are present in the living

organisms relatively easily degenerate producing different forms of oxidized

phospholipids (oxPLs) [56]. The most dramatic change in the lipid molecule

morphology can be seen for the so-called truncated oxPLs, hydrocarbon chain

of which is shorter and ended with an aldehyde or a carboxylic group (e.g., see

the oxPLs in Fig. 6). Changed geometry of the truncated oxPLs together with the

introduction of those polar groups in their backbone has consequences for the

biophysical properties of oxidized lipid membranes [57].

In our early work, TDFS method was applied to study hydration and mobility in

POPC bilayer that was modified by replacing 10 mol% of POPC lipids with

synthetic well-defined oxPLs (POVPC and PGPC, both with truncated sn-2 chains

at their 5th carbons, terminated with aldehyde and carboxyl, respectively) [58].

Both oxPLs significantly increase membrane hydration and mobility (see Dn and

t values in Fig. 5). While lateral diffusion of lipids measured using z-scan FCS

method was also slightly faster in oxPL-containing bilayers, probing the mobility at

the carbonyl level locally using TDFS method proved to be much more sensitive to

the presence of truncated oxPLs. Moreover, the changes depended on the chemical

nature of the truncated chains. The terminal carboxylic groups (PGPC) influenced

more the lateral diffusion than the local mobility. In contrast, the chains terminated

with aldehydic group (POVPC) affected the local mobility more than the lateral

diffusion. The explanation of the measured differences was provided by the struc-

tural changes postulated previously in the monolayer study of Kinnunen and

coworkers [59], namely, by the looping back of the truncated chains toward the

aqueous solution. Figure 5 depicts the orientation of sn-2 chains of the studied lipids
as obtained from MD simulations: carboxyl-terminated chains tend to loopback

fully into the aqueous phase, while aldehyde-terminated ones acquire all

orientations including that parallel to the bilayer [58]. The later produce voids
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below the glycerol level, which facilitates relaxation probed by Laurdan, while the

lateral diffusion remains limited by the larger area of the lipid in such conformation

and the interaction of the truncated chains with the headgroups of neighboring

lipids. In conclusion, both experiments and simulations showed that even a modest

addition (10 mol%) of oxPLs changes the structural properties of the bilayers,

leading to the increased lipid mobility and hydration. In addition, not only the

conical geometry of the studied oxPL molecules but also the chemical character

of their truncated chains can alter the mechanistic properties of the oxidized

lipid bilayers.

The above-discussed TDFS results were obtained for Laurdan, the fluorophore

of which is precisely located at the carbonyl level of the lipid bilayer. In order to

study alterations of the hydration/polarity and mobility along the z axis of the

oxidized bilayer (i.e., perpendicular to the surface of the membrane), fluorescent

polarity probes located at different depths of the bilayer were used. Lipid bilayers

consisted of POPC and 10 or 14 mol% of PAzPC or 10 or 20 mol% of PONPC

labeled with 1 mol% of one the following probes: Dtmac, Laurdan, Patman, 9-AS,

and 16-AP (see Fig. 6 for the structures of these molecules and the depth of the

location of the probes within the bilayer). It is important to mention that due to the

gradient of hydration and pressure within the lipid bilayer the spectral shift,

Dn (for a given fluorophore) becomes smaller and the mobility slower, when

Fig. 5 Tiltangle distributions of sn-2 chains of PGPC, POVPC, and POPC molecules obtained

from MD simulations together with TDFS results measured at 10 �C using Laurdan. Tiltangle of

180� corresponds to chains oriented in parallel to the membrane normal and pointing toward the

membrane interior, 0� represents chains pointing toward water phase, and 90� represent chains

oriented perpendicular to the membrane normal. Typical configurations observed for the three

considered molecules are schematically depicted (Adapted from [58])
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moving from the aqueous phase toward bilayer interior. The values of TDFS

parameters measured in POPC for Dtmac, Laurdan, Patman, 9-AS, and 16-AP

were Dn ¼ 2,100, 3,950, 3,350, 2,500, and 2,350 cm�1, t ¼ 1.17, 3.12, 4.15, -, -,

respectively. Relaxation times for 9-AS and 16-AP were not calculated because of

the difficulties connected with the complex TDFS response of those dyes, i.e.,

interplay between solvent relaxation and intramolecular relaxation [26]. Due to the

above-mentioned differences in the TDFS parameters measured for different

probes, the results are present in values relative to those obtained for pure POPC.

The changes upon addition of both oxPLs, although similar for all concentrations,

are nonmonotonic with respect to the distance from the bilayer center, i.e., the

relative profiles are sinusoidal in shape, Fig. 6.

Below a short analysis of the obtained profiles is given starting from Dtmac – the

most distant from the bilayer center, moving toward the bilayer interior. Dtmac

senses a slight dehydration and a hindrance of the mobility in oxPL-containing

bilayers (the most pronounced the effects were for 14 mol% PAzPC). This result

complies with the looped-back conformation postulated for PAzPC [60]. The

truncated chains of PAzPC, similarly to the ones of PGPC discussed above, when

looped back, are present in the vicinity of Dtmac, which reduces both hydration and

mobility probed in this region. Both Laurdan and Patman report an increased

hydration and a considerably augmented mobility at the glycerol level of oxidized

Fig. 6 Relative mobility and polarity profiles in oxidized lipid membranes composed of POPC

and one of the synthetic oxPCs (PAzPC or PONPC). Figure adapted from [61]. The values of the

mean integrated relaxation time and the total response shift are normalized relative to the values

obtained for pure POPC. The fluorescent probes are depicted according to their location in the

bilayer known from the literature (see [61])
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membranes. The changes in mobility are stronger for Patman located about 0.1 nm

deeper than Laurdan [28] and are proportional to the oxPLs concentrations. The

kinetics of TDFS measured for anthroyloxy chromophores located in the hydro-

phobic region (9-AS, 16-AP, respectively, at 9th and 16th carbons of the lipid

hydrocarbon chains) displayed a complex behavior, making evaluation of mean

relaxation time ambiguous; thus, only Dn was calculated for these probes. 9-AS

reported lowering of Dn in oxPL-containing bilayers, suggesting that oxidatively

truncated chains reduce the penetration of water into the vicinity of this chromo-

phore. For 16-AP, embedded in the center of the bilayer, this effect was detected

only for 10 mol% PAzPC. The effects for both probes were more pronounced for

carboxylic oxPC (PAzPC). The observed phenomenon might be the effect of tighter

lipid backbone packing. In fact, molecular dynamic simulations predicted that oxPL

can induce a thinning of the bilayer with the increased density in its center [61].

Moreover, the reduced polarity observed for 10 mol% of PAzPC, which was to a

large extent absent at 14 mol% of PAzPC, could be caused by a concentration

dependent segregation of PAzPC and formation of oxPL-enriched domains, from

which negatively charged anthroyloxy probes would be electrostatically repelled.

The above-discussed changes in the polarity profiles can explain the facilitated

flip-flop in oxPL membranes. Flip-flop of phosphatidylserine (PS) was experimen-

tally shown and numerically calculated to be much faster in the presence of

truncated oxPLs [61], which might lead to a cell death (apoptosis) as a result of

PS exposure in the outer membrane leaflet. Membrane thinning together with

deeper water penetration into the bilayer, shown in TDFS experiments, lowers the

energetic barrier for the passing of the polar PS headgroup through the hydrophobic

core of the bilayer, thus speeding up the process.
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Part II

Exploring Membrane Organization,
Dynamics and Interactions by Advanced
Fluorescence-Based Imaging Techniques



Visual Discrimination of Membrane Domains

in Live Cells by Widefield Microscopy

Claire E. Butler, Guy Wheeler, Jeremy Graham, and Kevin M. Tyler

Abstract Membrane dynamics is a fast-evolving field with the many new methods

and probes being developed each year affording ever increased insights into how

membranes behave in the laboratory. Typically, these developments are first tested

in model membranes using high-cost, bespoke microscopes which often employ

confocal and two-photon systems and which give little consideration to preser-

vation of cellular integrity and homeostasis during experiments. This chapter

addresses the clear need to rapidly apply and deploy this work into mainstream

biological laboratories by development of economical, four-dimensional imaging

on user-friendly low-cost systems using widefield optics and simultaneous capture

of multiple fluorescent markers. Such systems are enabling biologists to consider

the coordinated processes triggered from signalling platforms during cellular inter-

action with the environment. In this chapter, we describe the progress made to

date and in particular we focus on the Laurdan family of fluorescent probes, which

are being used to image whole cells and tissues using widefield epifluorescence

microscopy and which can be usefully combined with simultaneous capture at

longer wavelengths (yellow through far red) for imaging of cell morphology or

for following expressed markers such as fluorescent adaptor proteins.
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1 Introduction

1.1 Plasma Membrane Composition

The plasma membrane is a dynamic interface between the internal cytoplasm and

the extracellular milieu. As a lipid bilayer, it comprises a heterogeneous mix of lipid

species including sterols, glycolipids and phospholipids. Phospholipids are defined

by their hydrophilic “head” groups and by their hydrophobic “tails” which can vary

in length and are generally either saturated or unsaturated fatty acids. Saturated

fatty acid chains form long straight chains which pack closely excluding water (and

some detergents) thereby reducing membrane hydration and fluidity. Conversely,

unsaturated fatty acids contain double bonds which introduce kinks disrupting

packing, increasing hydration and reducing membrane viscosity. There is believed

to be a thermodynamically driven propensity for saturated fatty acids to coalesce to

the exclusion of unsaturated fatty acids, giving rise to lateral organisation and

regions or subcompartments of different biochemical composition with different

biophysical characteristics [1].

Subcompartmentalisation of the plasma membrane has profound implications

for cellular interaction with the environment, particularly with regard to cell

signalling and cellular trafficking. Discrete regions within the plasma membrane,

rich in saturated fatty acids and sterols which resist detergent treatment, are

commonly referred to as lipid rafts, a term coined to graphically describe them in

the context of, and as exceptions to, the fluid mosaic model [2]. GPI-linked (outer
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leaflet) and acylated (inner leaflet) proteins, as well as sphingolipids, glycosphin-

golipids (including gangliosides) and sterols (typically cholesterol and/or ergos-

terol), are found to accumulate in these regions, which are usually <100 nm in size

giving rise to the alternative name, microdomain. Surprisingly, transmembrane

proteins including G-protein-coupled receptors (GPCRs) and ion channels are

also associated in lipid rafts, typically this association is generally dependent on

multiple acylations (typically palmitoylation)[3].

1.2 The Lipid Raft Debate

Two types of lipid rafts are widely described: detergent-resistant microdomains

(DRMs) and caveolae. DRMs have been conceptualised as planar regions of

the membrane, whereas caveolae are invaginations which require caveolin-1 to

form [4]. Lipid rafts are also described as membrane attachment sites for cholera

toxin which binds to ganglioside GM1 located in these regions allowing them to

easily be localised [5].

There is however some debate over the very existence of lipid rafts, partly due to

the large range in sizes reported for these regions, 10–200 nm, and their potentially

transient nature [6]. The reported size variation may reflect the methods of analysis

employed, particularly where cross-linkage of these domains as preparation for

their observation may result in their translocation and fusion to form larger more

stable structures [7]. Fixation of the plasma membrane generally alters its structure

and integrity, thus creating a dilemma for the effective visualisation of microdomains.

The detergent method of extraction is also problematic, as it leads to the production

of large sheets of membrane, contamination and loss of components; however, it is

still considered a useful tool, and a large number of lipid raft components were first

isolated using this method [8].

The timescale of existence for lipid rafts is also still under discussion.

Visualisation by FRET between acylated proteins and caveolin has suggested that

they can be relatively stable structures [9], but others have described them as

transient and only detectable in response to a stimulus [8]. Despite this controversy,

a considerable number of studies have been published on the subject of lipid rafts.

To date, it is widely accepted that eukaryotic plasma membranes are not simple

liquids but two-dimensional nonideal liquids containing dynamic structures [7].

1.3 Membrane Domains and Membrane Polarisation: Cilia
and Synapses, Infection and Immunity

Sterols and sphingolipids are almost exclusively associated with eukaryotic cells,

and the peculiar association between sterols and sphingolipids in eukaryotes

potentiates lateral segregation, subcompartmentalisation and sorting within contig-

uous membranes, upon which membrane trafficking and plasma membrane
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polarisation are contingent [10]. More than 200 proteins have been associated with

lipid rafts [11]; in some instances, cell surface receptors are permanently localised

in these regions, with other receptors believed to relocate into lipid rafts after ligand

binding [12, 13]. Although small, lipid rafts are thought to be able to fuse together

upon binding of certain membrane receptors to create large signalling platforms and

are therefore considered to be dynamic as well as transient [2]. Lipid rafts can also

be stabilised by galectin lattices, structures formed by endogenous lectins which

bind branches of the N-glycan domain on glycoproteins. These lattices likely

increase the capacity for concerted actions such as signalling by concentrating

receptors and signalling intermediates and also contribute to the regulation of the

lifetime of lipid rafts [14]. Lipid rafts as signalling platforms have been described in

GPCR signalling where such receptors are thought to cluster together within

caveolae (described below) or to translocate upon activation to lipid rafts as

summarised by [12].

Subcompartmentalisation of the plasma membrane in polarised cells into con-

tiguous but discrete membrane domains with distinct biochemical compositions

and which are large enough to be readily visualised is well documented. Even at a

steady state, the apical and basolateral membranes of epithelial cells are known to

have different constitutions reflecting membrane trafficking, which is believed to be

dependent on lipid rafts. Similarly in ciliated cells, the ciliary membranes have a

distinct biochemical composition from the somatic regions of the plasmalemma,

and this may reflect not only trafficking but sorting at the ciliary junction and the

propensity of lipid rafts to accumulate in membrane protrusions [15, 16]. For

budding yeast, lipid rafts are fundamentally associated with apical sorting for

polarised growth and cell-cell interaction during mating [17]. In other cell-cell

and cell-pathogen interactions, the plasma membranes also become effectively

polarised at the contact site or synapse, and a discrete functional domain is formed

in response to contact with other cells or during contact with a pathogen be it viral

(e.g. dengue and HIV) [18, 19], bacterial (e.g. Shigella and Campylobacter) [20] or

parasitic (e.g. malaria and Trypanosoma cruzi) [21, 22]. Common to all of these

interactions is the ligation of raft-associated surface receptors which are commonly

glycoproteins or glycolipids and the requirement for this interaction to generate

signalling in order to effect cellular function – supporting the prevailing view of a

key role for lipid raft formation in environmental sensing by formation of signalling

platforms [2]. With this in mind, increasing the accessibility of membrane imaging

will help drive forward the field of pathogen-cell interaction.

2 Lipid Domain-Binding Probes

2.1 Cholera Toxin

A variety of molecular markers have been produced for the visualisation and

functional analysis of lipid rafts. Cholera toxin B (CtxB) from Vibrio cholerae is

known to bind the ganglioside GM1 which generally localises to microdomains.
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Fluorescent fusions of CtxB can therefore be used to image the interaction between

CtxB and GM1 specifically [23], for example, GM1 localisation and patching have

been used to identify pathways for MHC endocytosis [24]. Although this associa-

tion is a widely used method for identifying lipid rafts, there are some limitations;

GM1 is also sometimes found outside of the lipid raft fraction, and the binding of

CtxB and GM1 may also result in the clustering of sphingolipids [25, 26]. CtxB is

capable of simultaneously binding five separate GM1 molecules which may be

located in five different lipid rafts, consequently dynamic domains will be

stabilised, and there is some evidence to suggest that CtxB can cross-link other

molecules such as glycoproteins resulting in a loss of specificity of the detection.

CtxB can also be conjugated to quantum dots for live cell imaging as well as

observing the progression between generations [27]. Quantum dots are semicon-

ductor nanocrystals which can be used for a wide range of applications but usually

in conjunction with confocal microscopy [28].

2.2 Fluorescent Sphingolipids and Sphingolipid-Binding Proteins

Sphingolipids are another component of lipid rafts, and the fluorescent sphingolipid-

binding domain (SPD) appears to interact with cholesterol, sphingomyelin and

glycosphingolipids enabling live cell imaging of the endocytic pathways of these

lipid raft components [29, 30]. SPD is derived from amyloid b-peptide and interacts

with the glycophospholipid head groups. Sphingomyelins (a species of sphingolipid)

are around 50 % more prevalent in lipid rafts than in the rest of the membrane [31]

making them an ideal target for fluorescent probes. Lysenin, a toxin which has an

affinity for sphingomyelin-rich domains [32], has shown a plasma membrane distri-

bution separate from that of GM1 microdomains [33] suggesting that there may be a

separate genre of sphingomyelin-associated lipid rafts. Sphingomyelin synthase,

which catalyses its synthesis from ceramide and phosphotidylcholine, is thought to

regulate clustering of the product [34] and so may play a role in one or other genre

formation. Lysenin is more specific than other probes in that it only recognises

sphingomyelin and no other sphingolipids; thus, potentially lysenin may be a candi-

date to specifically study lipid rafts [35]. The main problem with lysenin as an

imaging tool is that it is cytotoxic in most cells, and thus, it was necessary to develop

a truncated form without the cytotoxic N terminus [36] before it could be used

reliably.

2.3 Fluorescently Labelled Cholesterol

Cholesterol appears 50 % more concentrated in lipid rafts than in the plasma

membrane [31] and therefore may be used as a microdomain marker. Polyene

antibiotics such as filipin bind free cholesterol at a 1:1 stoichiometry at the cell
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surface, resulting in emission of light in the ultraviolet range of the spectrum [37],

and thus could be used as a fluorescent cholesterol marker. Filipin can also diffuse

across the membrane and incorporate into the inner leaflet providing additional

structural information as well as details about the Golgi membrane [38]. Despite its

widespread usage as a lipid raft marker, filipin does not necessarily discriminate

between lipid rafts, and the cholesterol at the rest of the cell surface and accumula-

tion of filipin over time has proven cytotoxic; thus, alternative cholesterol probes

have been developed.

Perfingolysin O is another cholesterol-binding cytolysin which can bind large

cholesterol structures and therefore detect cholesterol-enriched domains. A perfrin-

golysin O domain D4 fusion protein has also been shown to bind cholesterol specifi-

cally localised in lipid rafts [39] and has revealed the presence of lipid rafts on the

inner leaflet of the plasma membrane [40].

Dehydroergosterol (DHE) is a naturally occurring cholesterol analogue which

differs from cholesterol only in possessing two double bonds and an extra methyl

group and is able to incorporate into the cell membrane at a concentration of up to

85% before any cytotoxic effects are observed [41]. Absorption and emission

spectra are in the UV region but can be imaged with epifluorescence after some

minor modifications [42]. DHE can also be used to visualise the sterol distribution

in living cells although this method does not exhibit a particular affinity for GM1

discernable microdomains [43] and may not behave functionally as cholesterol.

Polyethylene glycol-derived cholesterol ether (PEG-Chol) has a high affinity for

cholesterol-rich domains, and addition of a fluorescent ester (e.g. fluorescein) has

led to the production of a lipid raft-specific probe (fPEG-chol). Its lack of cytotoxity

meant that it was initially used to help disperse otherwise insoluble antibiotics [44].

Its size prevents movement to the inner leaflet of the membrane, but it is still a

useful tool to monitor reorganisation of lipid rafts at the cell surface [45], exhibiting

a similar distribution to that of filipin and being internalised along with lipid raft

components [46].

The enrichment of sphingolipids in lipid raft regions also provides the opportunity

for labelling sphingolipids and their analogues with BODIPY (boron dipyrromethane

[(4,4-difluoro-4,7-dimethyl-4-bora-3a,4a,diaza-s-indacene)]) to investigate structure

and function. BODIPY-labelled sphingolipids have interesting spectral properties

and show a shift in emission spectra from green to red at increased molar densities

[47]. Both BODIPY-Cer in vitro and BODIPY-LacCer in live cells can therefore be

used to differentiate specific regions of the cell membrane by wavelength. Further-

more, BODIPY can be conjugated to cholesterol in a manner that does not inhibit

normal cholesterol function and allows its partitioning into regions of high lipid

order [48] and also to sphingomyelin, where it has been observed incorporating into

lipid rafts in an endogenous sphingomyelin-dependent manner [49]. A derivative,

BODIPY-D-erythro-LacCer, has also shown that sphingolipids can be induced to

redistribute into specific microdomains on the plasmamembrane in response to CtxB.

Sphingolipid positioning within the plasma membrane is controlled by

palmitoylation, a process affecting membrane microlocalisation that is regulated

during sphingolipid biosynthesis by a family of aspartate-histidine-histidine-cysteine
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palymitoyl transferases (DHHCs). Labelling DHHC’s allows the monitoring of their

positions in the cell membrane in response to different stimuli, and the live imaging of

DHHC recycling to and from the plasma membrane has been recently described [50].

3 Adaptor Proteins

3.1 Caveolin

A number of adaptor proteins are found to cluster in lipid-rich microdomains, and

fluorescent fusion proteins have become widespread in live cell imaging for

caveolin and flotillin. Caveolae, which have been mentioned previously, are distinct

cell surface membrane invaginations associated with endocytosis (reviewed by

[51]). These structures are rich in cholesterol, and indeed, the presence of choles-

terol is required for efficient formation of these structures, leading to them being

proposed as a form of lipid raft. Each caveola contains clusters of GPI-linked

proteins and acylated proteins packed to a density of some 30,000 molecules per

square micrometre [52].

As well as cholesterol, the formation of caveolae also requires the presence of a

scaffolding protein called caveolin which coats the cytoplasmic surface of the

invagination [53]. There are three subtypes of caveolin with caveolin-1 and

caveolin-2 the most abundant, being present in a wide range of cell types especially

epithelial lines [54], whereas caveolin-3 is confined to muscle cells [55]. All three

subtypes appear to exhibit similar functions in cell signalling, lipid raft formation,

trafficking and possibly heterotrimeric G-protein signalling [56] although of these,

caveolin-2 has proven non-essential for caveolae formation.

Fusion proteins for all three isomers of caveolin have been used to elucidate the

structure of caveolae and their function as well as the mechanism of caveolin

transport to and from the plasma membrane [57]. In fact, the use of fusion proteins

has been integral to all the major steps forward in caveolin protein-protein under-

standing, suggesting such roles as a negative-signalling molecule, the base of a

signalling platform and antigen presentation.

3.2 Flotillin

Another protein which is thought to be lipid raft associated is flotillin-1 (flot1)

which is sometimes referred to as reggie-2. This protein is important in an endocytic

pathway separate to that of the caveolae [58]. Flotillin-based structures are

uncoated invaginations in the cell surface membrane that are dependent on the

coassembly of flot1 and 2 to promote membrane curvature [59]. Internalisation in

this pathway is regulated by the src family kinase, fyn [60], which is considered to
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be involved in endocytosis of GPI-linked signalling molecules [61]. Again, its

fluorescent fusion proteins have been integral in the above microscopy studies,

also showing both caveolin and flotillin to be found only in specific subsets of cells

and in their own types of membrane microdomains.

3.3 GPI-Linked Proteins

An alternative approach may be to use fluorescent protein-coupled GPI-adaptor

proteins (GPI-APs) which would insert directly into the lipid raft, which, as previ-

ously stated, are rich in GPI-anchored proteins. However, the size of these molecules

may cause perturbation within such a small system, and expression of these fluores-

cent proteins may also lead to their fluorescence in their biosynthetic pathway.

4 Environment Sensitive Probes

4.1 Laurdan

The fluorescent probe Laurdan (6-dodecanyl-2-dimethylaminonaphthalene) has

been used to study the lateral organisation of membrane domains since it was first

synthesised in 1979 [62], due to its ability to incorporate into the membrane with an

even distribution, without detectably altering the physiology of the cell and without

being altered by cell surface interactions such as the binding of lipoproteins. The

Laurdan dipole aligns with the phospholipid bilayer between the lipid head groups

and the first carbon atom of the acyl chains, and its emission spectra changes

depending upon the fluid state of the surrounding lipid chains [63]. In a more

fluid membrane domain, Laurdan fluoresces with greater intensity at green

wavelengths, with a maximum centred around 490 nm. This shifts to 440 nm and

a blue fluorescence, in more ordered membrane regions. A method for the

ratiometric analysis of Laurdan fluorescence, the generalised polarisation (GP),

was developed to help identify the fluid order of Laurdan-stained membranes [64,

65], giving a range for GP values between �1.0 and +1.0; the more positive the GP

value, the more ordered the membrane.

Laurdan has been extensively used for studying membrane dynamics, with over

300 reports in the literature. However, the vast majority of these use either fluores-

cence spectrophotometry [66, 67], evaluating the GP of entire preparations, or two-

photon [68] and confocal microscopy [69]. Recently, confocal microscopy has also

been used to explore the liquid order of a zebra fish embryo initiating the develop-

ment of novel whole organism techniques [70]. Alternatively, many studies have

utilised artificially synthesised unilammelar vesicles or membrane extracts from

biological systems. It is only in the last few years that reports have been published

using Laurdan fluorescence with epifluorescence microscopy on live cells [71, 72].
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The reasons for using microscopy rather than spectrophotometry have been

described previously [73]. Two-photon microscopy is able to minimise the rapid

photobleaching that Laurdan is susceptible to, particularly under widefield fluores-

cence microscopy; however, the cost of the system may render it inaccessible.

Ultimately, the bleaching effect of Laurdan under widefield microscopy can be

overcome [71, 74]. Taken together, such studies demonstrate clearly that the GP is

higher for surface membranes compared to intracellular membranes and demon-

strate the utility of their systems through seeing the expected shift of emission

spectra and GP values in increasingly fluid membranes.

The key to using Laurdan-stained live cells under widefield conditions is to be

able to utilise other markers and fluorescent proteins. This affords the ability to

identify interactions and monitor responses and to co-localise membrane markers

with membrane phases and gauge the cellular response whilst monitoring the extent

of membrane disruption in cases such as cholesterol depletion. Widefield Laurdan

microscopy has been used to demonstrate that temperature can directly affect

membrane fluidity but that living cells (in this case the ciliated protozoan Parame-
cium) can respond to changing environmental conditions by rapid adaption –

restoring fluidity to a cooled membrane [75]. Further, Sitrin and colleagues have

reported the utility of Laurdan using widefield microscopy, with a time-lapse assay

of neutrophil migration [76]. Their widefield setup used an emission splitter to

isolate the emission spectra of Laurdan for GP analysis. They showed over a 10-min

time course with 10-s intervals that the migration tip of the neutrophils, the uropod,

had consistently higher GP values compared to the rest of the cell but that this was a

dynamic system, with high-GP regions within the uropod-shifting position even

between the 10-s time points. They also showed that application of the cholesterol

depletory MbCD, which therefore lowers GP, marginally slowed the speed of the

neutrophil migration but also reduced its ability to migrate towards chemotactic

signals. These studies demonstrate utility of widefield Laurdan microscopy in

assessing membrane dynamics in live cells distinct and from spectrophotometry

or the two-photon system; photobleaching can be minimised because epifluorescent

sources can be of low intensity compared with confocal and exposure times can be

low when combined with a high-sensitivity CCD. Whilst the latter study reported

that receptors known to be involved in cell movement pathways localised to higher

GP regions, they were unable to co-localise structures using fluorescent markers or

to observe the cell directly using condenser-based techniques such as phase-

contrast or DIC microscopy. Weber and colleagues combined widefield Laurdan

microscopy with fluorescence anisotropic microscopy and total internal reflection

(TIR) microscopy using a flexible setup that allowed them to look at membrane

stiffness of the plasma membrane in living cells and compare it to internal

membranes whilst varying temperature and cholesterol content [74]. This flexible

setup afforded the ability to image cells at long wavelength but not to capture and

compare simultaneously and in real time.

Laurdan microscopy for live imaging of cultured cells can be set up straight-

forwardly at modest cost on an inverted fluorescent microscope using the setup

described in Fig. 1. Key to the system is the triple emission beam splitter which
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Fig. 1 Widefield Laurdan microscopy setup. Figure shows an experimental setup for imaging

Laurdan simultaneously with (1) Cy5 or other red/far-red fluorophore, (2) infrared DIC or other

transmitted light technique using red or infrared illumination, and (3) both (1) and (2), alternating
in time. The configuration consists of a research-grade inverted fluorescence microscope with a

high numerical aperture objective lens and an image splitter capable of separating the emission

pathway into three spectrally distinct channels using either a splitter device (e.g. Cairn Research

TripleSplit, Photometrics QuadView) or three independent cameras and appropriate beam-

splitting optics (e.g. Cairn Research TriCam). In order to ensure high stability and minimise

photobleaching, a rapidly modulated LED-based light source is preferred for both fluorescence and

transmitted light illumination (Available from Cairn Research, CoolLED, 89 North, Lumencor,

Prior Scientific). A back-illuminated electron-multiplied camera will give maximum sensitivity

allowing illumination levels to be minimised; alternatively an SCMOS camera might be preferred

to give higher resolution and a larger field of view (suitable cameras available from Andor,

Photomterics, Hamamatsu, PCO). For truly simultaneous imaging and to avoid vibration or

registration problems, the microscope dichroic must be multiband so that it can remain in the

lightpath at all times (typically a Quad Sedat 4-band dichroic). The excitation and emission filters

and dichroic mirrors need to be carefully selected to fit with this multiband device (Available from

Chroma Corporation, Semrock, Omega); suggested wavelengths and bandwidths are indicated in

the diagram. In protocol (1), the 365-nm and 627-nm LEDs on the epifluorescence port should be

triggered to be on whenever the camera is exposing. In protocol (2), the 365-nm fluorescence and

white-transmitted LED should be triggered with the camera. In protocol (3), the 365-nm LED is

triggered every frame, and the 627-nm and white LED are triggered on alternating frames. The

“red” emission channel should then be demultiplexed after acquisition
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allows for acquisition of distinct images from three different wavelengths in

parallel, in real time (Fig. 2). This allows for biological phenomena (such as

filipodia formation, shown here) and processes to be followed. Laurdan technol-

ogy can also be combined with fluorescent protein imaging to study the interac-

tion of protein-coated microparticles with the cell surface prior to internalisation

(Fig. 3). Laurdan emission is restricted to visible wavelengths in the blue/green

area of the spectrum, and thus, by imaging with fluorescent markers or a

Fig. 2 Widefield Laurdan microscopy. Representation of the Optosplit III block with dichroic

mirror set up for Laurdan staining. The two dichroic mirrors separate the fluorescence emission of

the Laurdan-stained cells into the blue (435 nm) and green (500 nm) wavelengths, with a third

channel showing light from the red end of the spectrum (N500 nm) (a). Calculation of the

generalised polarisation of the cell outlined in (a) showing fluorescence at the blue and green

wavelengths (b) and the GP image calculated from these. The range of values represented on the

pseudo-coloured GP image is shown as a colourimetric scale to the right of the GP image.

Filopodia are highlighted with arrows in the GP image. Scale bars ¼ 10 mm (a) and 5 mm (b)
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transmitted light in the red/far red of the spectrum, high-resolution imaging of the

cell or fluorescent cellular markers may be utilised to identify regions of interest.

Having identified the region of interest, the GP of that area can be quantified

directly (Fig. 4). In addition, it is possible to facilitate discrimination of areas of

distinct GP by setting thresholds and masking areas outside the threshold as in the

case of a living protozoan flagellum shown here as distinct from the rest of the

plasmalemma (Fig. 5).

Another benefit to using a widefield setup may be the reduction of the

photoselection effect. This arises from the way Laurdan molecules align parallel

to the lipid chains in the membrane and that the light used for its excitation in

confocal and two-photon microscopy is polarised giving rise to the strongest

excitation in those molecules parallel to the plane of the light [73]. The irregular

shape of cells, with regions inevitably in many different orientations relative to the

plane of excitation, results in an uneven excitation of Laurdan molecules, skewing

Fig. 3 Coated beads which bind to glycosylated moeities on the cell surface induce high lipid

order and recruit raft markers such as caveolin to the bound area of the plasma membrane.

Triplesplit images of a trans-sialidase-coated bead (red) and green and blue images of a

Laurdan-labelled cell (a), GP analysis (ratio) shows a region more highly ordered at the area of

bead attachment (arrow). Scale bar ¼ 4 mm. Early endosome (red) and cav1 (green)
immunolabelling of MDCK cells show an accumulation of cav1 at the bead (blue)-cell interface.
Images were taken with a Zeiss Axioplan2 microscope and deconvolved before reconstructing into

a 3D representation using Axiovision software (b)
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Fig. 4 Isolation of discrete high and low generalised polarisation regions within a RAW264.7 cell

membrane. Filopodia are highlighted (arrows). Fluorescence of Laurdan stained. RAW264.7 cell

in the blue (a) and green (c) wavelengths. (b) GP of the cell showing the range of the cell’s

calculated GP values. Regions of high (red box) and low (white box) membrane order are shown.

(d) GP image showing only those pixels with a GP of 0.2 or more. The regions around the filopodia

appear more ordered. GP histograms (x-axis ¼ GP value, y-axis ¼ number of pixels) of the high-

(e) and low- (f) order regions from (b). Scale bar ¼ 5 mm
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the GP measurements. This effect is particularly pronounced in more ordered

regions, where the Laurdan molecule is even more rigidly aligned with the mem-

brane. Although direct analysis of the magnitude of the photoselection effect and

methods for its mitigation are not yet published, it is believed that non-polarised

light sources such as those used in widefield setups reduce this artefact markedly

[71, 77].

4.2 C-Laurdan

Despite its use in these studies, Laurdan is still limited as a tool for studying

membrane dynamics in living cells due to its rapid photobleaching and hydrophobic

nature. It is not readily soluble in water, but instead a solute such as DMSO or

methanol must be used, which may itself have an effect on the target cell [15].

An improvement on Laurdan has recently been synthesised [78]: 6-dodecanoyl-

2-[N-methyl-N-(carboxymethyl)amino]naphthalene, or C-Laurdan. This has proven

to be more photostable and to have higher water stability arising from the

Fig. 5 Laurdan staining of

Trypanosoma rangeli. Far-red
illuminated brightfield

(a) and fluorescent images

(b and c) of a Laurdan-stained

T. rangeli using the triplesplit

widefield microscope. GP

analysis (d) shows the more

highly ordered flagellum

(arrow) when compared to

the rest of the cellular

membrane. Exclusion

of low-GP pixels

(e) demonstrates the greater

number of high-GP pixels in

the flagellum. Scale

bar ¼ 4 mm
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substitution of one of Laurdan’s methyl groups with a carboxylic group. The

improvement of C-Laurdan over Laurdan in this regard has already been shown

in two-photon microscopy (e.g. [79] with potentially greater benefits in widefield

microscopy, allowing prolonged excitation and its application in a more neutral

vehicle buffer).

In spite of the improvement offered by C-Laurdan, GP imaging of membrane

domains remains far from optimal. The need for the highest possible resolution GP

imaging in combination with the simultaneous imaging of the whole cell and

additional markers of cellular behaviours (such as cell signalling) in order to obtain

a maximum amount of biological information remains to be addressed. It is not

clear to what extent such images can be subjected to standard deconvolution

software to increase image quality and clarity, and this is an area which should be

considered in the future. Further, the monopolisation of a broad (blue/green) area of

the spectrum required by Laurdan significantly limits the scope for the number and

types of processes and cellular behaviours that can currently be simultaneously

imaged, typically restricting investigators to simply mapping the GP image onto a

simultaneously captured image of the cell, or to follow just one or two additional

cellular markers at the (red) end of the spectrum.

4.3 Di-4-ANEPPDHQ

Di-4-ANEPPDHQ is an environmentally sensitive styryl dye that can also be used

to differentiate between liquid-ordered phases and liquid-disordered phases both

in GUV’s and polarised neutrophil membranes [80, 81]. Similar to Laurdan,

di-4-ANEPPDHQ can indicate lipid packing without being affected by inserted

peptides, [82] and both can be used in lower resolution techniques [83]. It

incorporates into the membrane in a different manner to Laurdan, aligning with

the acyl heads deeper into the membrane. Its two positive charges also confer a

lesser ability to flip between the inner and outer leaflets, but its solubility in water

does make it a more useful tool for studying live cells and thus in the future could be

adapted for use with a widefield microscope.

5 FRET/FLIM

5.1 FRET

The development of F€orster resonance energy transfer (FRET) has enabled the

imaging of physical processes occurring at the cell surface in real time and to this

end is a commonly used technique. Excitation of a fluorescent molecule occurs

upon absorption of a photon leading to one of its electrons being promoted to a
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higher energy level. When this electron returns to its lower energy state, energy is

released in the form of light. FRET essentially is the nonradioactive transfer of this

energy to a nearby acceptor molecule instead of its loss by fluorescence. The extent

of FRET is dependent primarily on three factors: the spectral overlap of the donor

and acceptor fluorophores, their closeness (i.e. 1–10 nm apart for the ratio between

the donor and acceptor fluorescence levels to be measured) and their dipole-dipole

interaction. Initial utilisation of FRET was limited to purification of specific

molecules and their reintroduction, the methodology being destructive and requir-

ing microinjection. The development of green fluorescent protein (GFP) as a tool

led to a non-invasive protocol for the introduction of the tagged molecules by

transfection. Since the pioneering introduction of GFP, many other fluorescent

analogues have been extracted, and the current fluorescent proteins of choice for

FRET are YFP (yellow) and CFP (cyan), first seen in conjugation with retinoic,

steroid receptor coactivator-1 and peroxisome proliferator-activated receptor-

binding protein [84]. Although widely used, both YFP and CFP are pH sensitive

[85, 86], thus restricting their use to biological processes which do not alter cellular

pH. Recent work has seen the development of pH-stable versions of YFP, Venus

[87] and Citrine [88] which should therefore prove more exploitable in living cells.

Similar to FRET, homo-FRET relies on two fluorophores being less than 10 nm

apart for the exchange of energy; however, both fluorophores are the same, and

therefore, interaction cannot be monitored by changes in fluorescence emission.

Nevertheless, processes leading to close approach, for example, oligomerisation,

can be followed using anisotropy measurements that reflect changes in fluorophore

polarisation, both due to energy transfer and changes in molecular rotation. The use

of these tools for studying lipid rafts has been neatly reviewed by [89]. The ability

to detect the rotation of specific lipids within the membrane gives a general idea of

the level of fluidity in specific regions of the membrane and therefore the level of

lipid order. Similarly, this microscopy technique has also been used to show that

BODIPY-cholesterol arranges itself into the membrane and into specific regions of

higher order [90]. In addition to determining orientation, anisotropy can also be

used to shed light on protein clustering: by calculating the rate of homo-transfer, the

distance between fluorophores can be determined, and the number of molecules per

cluster elucidated. The size of the protein clusters in lipid rafts and the spatial

distribution has also been determined using anisotropy techniques [91]. The clus-

tering of GPI-AP’s into regions of the plasma membrane of approximately 4–5 nm

has also been described using anisotropy [92]. All of these studies, however, are

used with either confocal or two-photon microscopy, so an important question for

the field is as follows: can FRET be used with widefield microscopes? Indeed it can;

however, the resultant images can be affected by a significant amount of noise,

blurring the signal from excited fluorophores. This additional noise can now be

removed using 3D-FRET reconstruction and additional photobleaching correction

[93] thus cost-effectively improving accessibility of this technique.
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5.2 FLIM

FRET microscopy can also be combined with fluorescence lifetime imaging

microscopy (FLIM) to monitor signalling across the whole plasma membrane

[94]. There are two types of FLIM (time domain and frequency domain), but for

the purposes of this chapter, we will discuss only the frequency-domain method

which is best suited for widefield microscopy. When a fluorophore becomes

excited, the transition from the excited state to the ground state occurs over a

given average decay time that can be measured using FLIM techniques. FLIM in

recent years has been employed in the study of lipid rafts which has been reviewed

in [95]. Although the majority of these studies have been done using GUV’s and

other controlled model membrane systems to reduce the complex lipid-protein

interactions, FLIM for live cells was demonstrated by Owen and co-workers in

2006 using di-4-ANEPPDHQ and normalising their system with unilamellar

vesicles. Here, the FLIM contrast gave good resolution of regions of high lipid

order indicative of lipid rafts, especially when concentrated in membrane

protrusions [96]. To date, all FLIM work on lipid rafts has been done using confocal

or two-photon systems, but widefield FLIM systems are now commercially avail-

able, and so it may only be a matter of time before this type of imaging is applied to

the study of lipid rafts.

6 Conclusions

Membrane dynamics is a fast-evolving field with the many new methods and probes

being developed each year affording ever increased insights into how membranes

behave in the laboratory. However, the major limitations of these techniques lie

typically with the high cost of bespoke microscopes which often employ confocal

and two-photon systems and which give little consideration to preservation of

cellular integrity and homeostasis during experiments. There is a clear need to

rapidly apply and deploy this work into mainstream biological laboratories by

development of economical, 4-dimensional imaging on user-friendly systems using

widefield optics and simultaneous capture of multiple fluorescent markers. Such

systems should enable biologists to consider the coordinated processes triggered

from signalling platforms during cellular interaction with the environment.

A plethora of microscopic methods and labelling molecules have been described,

but many have some disadvantages for use in live cells or are confined in their use to

very small regions of the cell membrane. The Laurdan family of fluorescent probes,

however, can be used to image whole cells and tissues and can be combined with

longer wavelength (yellow through far red) fluorescent adaptor proteins. Although,

developed for use in confocal and two-photon systems, application to widefield-

based investigation is now established and should facilitate future investigations

seeking to relate modulation of plasma membrane dynamics to resultant change in

cellular behaviour.

Visual Discrimination of Membrane Domains in Live Cells by Widefield Microscopy 179



Acknowledgements We thank Dr. Paul Thomas at The Wellcome Laboratory for cell imaging

for critical reading of the manuscript and advice and insight along the way and Rosanna Davies for

her tremendous illustrative skills in producing the drawing of our widefield Laurdan microscopy

setup.

References

1. Lingwood D, Simons K (2010) Lipid rafts as a membrane-organizing principle. Science 327

(5961):46–50

2. Simons K, Ikonen E (1997) Functional rafts in cell membranes. Nature 387(6633):569–572

3. Levental I et al (2010) Palmitoylation regulates raft affinity for the majority of integral raft

proteins. Proc Natl Acad Sci U S A 107(51):22050–22054

4. Lisanti MP, Tang ZL, Sargiacomo M (1993) Caveolin forms a hetero-oligomeric protein

complex that interacts with an apical GPI-linked protein: implications for the biogenesis of

caveolae. J Cell Biol 123(3):595–604

5. Badizadegan K et al (2004) Trafficking of cholera toxin-ganglioside GM1 complex into Golgi

and induction of toxicity depend on actin cytoskeleton. Am J Physiol Cell Physiol 287(5):

C1453–C1462

6. Pike LJ (2006) Rafts defined: a report on the Keystone symposium on lipid rafts and cell

function. J Lipid Res 47(7):1597–1598

7. Kusumi A, Suzuki K (2005) Toward understanding the dynamics of membrane-raft-based

molecular interactions. Biochim Biophys Acta 1746(3):234–251

8. Lai EC (2003) Lipid rafts make for slippery platforms. J Cell Biol 162(3):365–370

9. Zacharias DA (2002) Sticky caveats in an otherwise glowing report: oligomerizing fluorescent

proteins and their use in cell biology. Sci STKE 2002(131):pe23

10. Simons K, Sampaio JL (2011) Membrane organization and lipid rafts. Cold Spring Harb

Perspect Biol 3(10):a004697

11. Lang T (2007) SNARE proteins and ‘membrane rafts’. J Physiol 585(Pt 3):693–698

12. Insel PA et al (2005) Compartmentation of G-protein-coupled receptors and their signalling

components in lipid rafts and caveolae. Biochem Soc Trans 33(Pt 5):1131–1134

13. Zhang Y et al (2009) Ceramide-enriched membrane domains–structure and function. Biochim

Biophys Acta 1788(1):178–183

14. Lajoie P et al (2009) Caveolin-1 regulation of dynamin-dependent, raft-mediated endocytosis

of cholera toxin-B sub-unit occurs independently of caveolae. J Cell Mol Med 13

(9B):3218–3225

15. Tyler KM et al (2009) Flagellar membrane localization via association with lipid rafts. J Cell

Sci 122(Pt 6):859–866

16. Vieira OV et al (2006) FAPP2, cilium formation, and compartmentalization of the apical

membrane in polarized Madin-Darby canine kidney (MDCK) cells. Proc Natl Acad Sci U S A

103(49):18556–18561

17. Bagnat M, Simons K (2002) Cell surface polarization during yeast mating. Proc Natl Acad Sci

U S A 99(22):14183–14188

18. Reyes-Del Valle J et al (2005) Heat shock protein 90 and heat shock protein 70 are components

of dengue virus receptor complex in human cells. J Virol 79(8):4557–4567

19. Liu NQ et al (2002) Human immunodeficiency virus type 1 enters brain microvascular

endothelia by macropinocytosis dependent on lipid rafts and the mitogen-activated protein

kinase signaling pathway. J Virol 76(13):6689–6700

20. Watson RO, Galan JE (2008) Campylobacter jejuni survives within epithelial cells by avoiding

delivery to lysosomes. PLoS Pathog 4(1):e14

180 C.E. Butler et al.



21. Silvie O et al (2006) Cholesterol contributes to the organization of tetraspanin-enriched

microdomains and to CD81-dependent infection by malaria sporozoites. J Cell Sci 119(Pt

10):1992–2002

22. Fernandes MC et al (2007) Novel strategy in Trypanosoma cruzi cell invasion: implication of

cholesterol and host cell microdomains. Int J Parasitol 37(13):1431–1441

23. Kuziemko GM, Stroh M, Stevens RC (1996) Cholera toxin binding affinity and specificity for

gangliosides determined by surface plasmon resonance. Biochemistry 35(20):6375–6384

24. Knorr R, Karacsonyi C, Lindner R (2009) Endocytosis of MHC molecules by distinct

membrane rafts. J Cell Sci 122(Pt 10):1584–1594

25. Antes P, Schwarzmann G, Sandhoff K (1992) Detection of protein mediated glycosphingolipid

clustering by the use of resonance energy transfer between fluorescent labelled lipids.

A method established by applying the system ganglioside GM1 and cholera toxin B subunit.

Chem Phys Lipids 62(3):269–280

26. Janes PW, Ley SC, Magee AI (1999) Aggregation of lipid rafts accompanies signaling via the

T cell antigen receptor. J Cell Biol 147(2):447–461

27. Chakraborty SK et al (2007) Cholera toxin B conjugated quantum dots for live cell labeling.

Nano Lett 7(9):2618–2626

28. Rivera EM et al (2011) Imaging heterostructured quantum dots in cultured cells with

epifluorescence and transmission electron microscopy. Proc SPIE 7909:79090N

29. Steinert S et al (2008) A fluorescent glycolipid-binding peptide probe traces cholesterol

dependent microdomain-derived trafficking pathways. PLoS One 3(8):e2933

30. Hebbar S et al (2008) A fluorescent sphingolipid binding domain peptide probe interacts with

sphingolipids and cholesterol-dependent raft domains. J Lipid Res 49(5):1077–1089

31. Pike LJ et al (2002) Lipid rafts are enriched in arachidonic acid and plasmenylethanolamine

and their composition is independent of caveolin-1 expression: a quantitative electrospray

ionization/mass spectrometric analysis. Biochemistry 41(6):2075–2088

32. Kiyokawa E et al (2004) Recognition of sphingomyelin by lysenin and lysenin-related

proteins. Biochemistry 43(30):9766–9773

33. Kiyokawa E et al (2005) Spatial and functional heterogeneity of sphingolipid-rich membrane

domains. J Biol Chem 280(25):24072–24084

34. Kidani Y et al (2012) Differential localization of sphingomyelin synthase isoforms in neurons

regulates sphingomyelin cluster formation. Biochem Biophys Res Commun 417(3):1014–1017

35. Yamaji A et al (1998) Lysenin, a novel sphingomyelin-specific binding protein. J Biol Chem

273(9):5300–5306

36. Kobayashi H, Suzuki H, Ohta N (2006) Exfoliation of the epidermal cells and defecation by

amphibian larvae in response to coelomic fluid and lysenin from the earthworm Eisenia
foetida. Biomed Res 27(4):169–181

37. Bittman R, Fischkoff SA (1972) Fluorescence studies of the binding of the polyene antibiotics

filipin 3, amphotericin B, nystatin, and lagosin to cholesterol. Proc Natl Acad Sci U S A 69

(12):3795–3799

38. Orci L et al (1981) Heterogeneous distribution of filipin–cholesterol complexes across the

cisternae of the Golgi apparatus. Proc Natl Acad Sci U S A 78(1):293–297

39. Ohno-Iwashita Y et al (2004) Perfringolysin O, a cholesterol-binding cytolysin, as a probe for

lipid rafts. Anaerobe 10(2):125–134

40. Hayashi M et al (2006) Detection of cholesterol-rich microdomains in the inner leaflet of the

plasma membrane. Biochem Biophys Res Commun 351(3):713–718

41. Schroeder F et al (1991) Transmembrane distribution of sterol in the human erythrocyte.

Biochim Biophys Acta 1066(2):183–192

42. Mukherjee S et al (1998) Cholesterol distribution in living cells: fluorescence imaging using

dehydroergosterol as a fluorescent cholesterol analog. Biophys J 75(4):1915–1925

43. Wustner D (2007) Plasma membrane sterol distribution resembles the surface topography of

living cells. Mol Biol Cell 18(1):211–228

Visual Discrimination of Membrane Domains in Live Cells by Widefield Microscopy 181



44. Tasset C et al (1992) Comparison of nephrotoxicities of different polyoxyethyleneglycol

formulations of amphotericin B in rats. Antimicrob Agents Chemother 36(7):1525–1531

45. Nagy E et al (2007) Hyperfluidization-coupled membrane microdomain reorganization is

linked to activation of the heat shock response in a murine melanoma cell line. Proc Natl

Acad Sci U S A 104(19):7945–7950

46. Sato SB et al (2004) Distribution and transport of cholesterol-rich membrane domains moni-

tored by a membrane-impermeant fluorescent polyethylene glycol-derivatized cholesterol.

J Biol Chem 279(22):23790–23796

47. Pagano RE et al (1991) A novel fluorescent ceramide analogue for studying membrane traffic

in animal cells: accumulation at the Golgi apparatus results in altered spectral properties of the

sphingolipid precursor. J Cell Biol 113(6):1267–1279

48. Marks DL, Bittman R, Pagano RE (2008) Use of Bodipy-labeled sphingolipid and cholesterol

analogs to examine membrane microdomains in cells. Histochem Cell Biol 130(5):819–832

49. D’Auria L et al (2011) Segregation of fluorescent membrane lipids into distinct micrometric

domains: evidence for phase compartmentation of natural lipids? PLoS One 6(2):e17021

50. Greaves J, Chamberlain LH (2011) Differential palmitoylation regulates intracellular pattern-

ing of SNAP25. J Cell Sci 124(Pt 8):1351–1360

51. Lajoie P, Nabi IR (2007) Regulation of raft-dependent endocytosis. J Cell Mol Med 11

(4):644–653

52. Anderson RG (1993) Plasmalemmal caveolae and GPI-anchored membrane proteins. Curr

Opin Cell Biol 5(4):647–652

53. Rothberg KG et al (1992) Caveolin, a protein component of caveolae membrane coats. Cell 68

(4):673–682

54. Scherer PE et al (1997) Cell-type and tissue-specific expression of caveolin-2. Caveolins 1 and

2 co-localize and form a stable hetero-oligomeric complex in vivo. J Biol Chem 272

(46):29337–29346

55. Tang Z et al (1996) Molecular cloning of caveolin-3, a novel member of the caveolin gene

family expressed predominantly in muscle. J Biol Chem 271(4):2255–2261

56. Parton RG (1996) Caveolae and caveolins. Curr Opin Cell Biol 8(4):542–548

57. Mundy DI et al (2002) Dual control of caveolar membrane traffic by microtubules and the actin

cytoskeleton. J Cell Sci 115(Pt 22):4327–4339

58. Glebov OO, Bright NA, Nichols BJ (2006) Flotillin-1 defines a clathrin-independent endocytic

pathway in mammalian cells. Nat Cell Biol 8(1):46–54

59. Frick M et al (2007) Coassembly of flotillins induces formation of membrane microdomains,

membrane curvature, and vesicle budding. Curr Biol 17(13):1151–1156

60. Riento K et al (2009) Endocytosis of flotillin-1 and flotillin-2 is regulated by Fyn kinase. J Cell

Sci 122(Pt 7):912–918

61. Blanchet MH et al (2008) Cripto recruits Furin and PACE4 and controls Nodal trafficking

during proteolytic maturation. EMBO J 27(19):2580–2591

62. Weber G, Farris FJ (1979) Synthesis and spectral properties of a hydrophobic fluorescent

probe: 6-propionyl-2-(dimethylamino)naphthalene. Biochemistry 18(14):3075–3078

63. Bagatolli LA et al (1999) A model for the interaction of 6-lauroyl-2-(N, N-dimethylamino)

naphthalene with lipid environments: implications for spectral properties. Photochem

Photobiol 70(4):557–564

64. Parasassi T et al (1990) Phase fluctuation in phospholipid membranes revealed by Laurdan

fluorescence. Biophys J 57(6):1179–1186

65. Parasassi T et al (1991) Quantitation of lipid phases in phospholipid vesicles by the generalized

polarization of Laurdan fluorescence. Biophys J 60(1):179–189

66. Buffone MG et al (2009) High cholesterol content and decreased membrane fluidity in human

spermatozoa are associated with protein tyrosine phosphorylation and functional deficiencies.

J Androl 30(5):552–558

67. Kaiser HJ et al (2011) Molecular convergence of bacterial and eukaryotic surface order. J Biol

Chem 286(47):40631–40637

182 C.E. Butler et al.



68. Gaus K et al (2003) Visualizing lipid structure and raft domains in living cells with two-photon

microscopy. Proc Natl Acad Sci U S A 100(26):15554–15559

69. Khan NA et al (2011) Stability of fatty acids during wilting of perennial ryegrass (Lolium
perenne L.): effect of bruising and environmental conditions. J Sci Food Agric 91

(9):1659–1665

70. Owen DM et al (2010) Imaging membrane lipid order in whole, living vertebrate organisms.

Biophys J 99(1):L7–L9

71. Wheeler G, Tyler KM (2011) Widefield microscopy for live imaging of lipid domains and

membrane dynamics. Biochim Biophys Acta 1808(3):634–641

72. Hansen JS, Helix-Nielsen C (2011) An epifluorescence microscopy method for generalized

polarization imaging. Biochem Biophys Res Commun 415(4):686–690

73. Sanchez SA, Tricerri MA, Gratton E (2007) Interaction of high density lipoprotein particles

with membranes containing cholesterol. J Lipid Res 48(8):1689–1700

74. Weber P, Wagner M, Schneckenburger H (2010) Fluorescence imaging of membrane dynam-

ics in living cells. J Biomed Opt 15(4):046017

75. Toyoda T et al (2009) Thermo-sensitive response based on the membrane fluidity adaptation in

Paramecium multimicronucleatum. J Exp Biol 212(17):2767–2772

76. Sitrin RG et al (2010) Migrating human neutrophils exhibit dynamic spatiotemporal variation

in membrane lipid organization. Am J Respir Cell Mol Biol 43(4):498–506

77. Parasassi T et al (1997) Two-photon fluorescence microscopy of laurdan generalized polari-

zation domains in model and natural membranes. Biophys J 72(6):2413–2429

78. Kim HM et al (2007) A two-photon fluorescent probe for lipid raft imaging: C-laurdan.

Chembiochem 8(5):553–559

79. Klemm RW et al (2009) Segregation of sphingolipids and sterols during formation of secretory

vesicles at the trans-Golgi network. J Cell Biol 185(4):601–612

80. Jin L et al (2005) Cholesterol-enriched lipid domains can be visualized by di-4-ANEPPDHQ

with linear and nonlinear optics. Biophys J 89(1):L04–L06

81. Jin L et al (2006) Characterization and application of a new optical probe for membrane lipid

domains. Biophys J 90(7):2563–2575

82. Dinic J et al (2011) Laurdan and di-4-ANEPPDHQ do not respond to membrane-inserted

peptides and are good probes for lipid packing. Biochim Biophys Acta 1808(1):298–306

83. Owen DM, Gaus K (2010) Optimized time-gated generalized polarization imaging of Laurdan

and di-4-ANEPPDHQ for membrane order image contrast enhancement. Microsc Res Tech 73

(6):618–622

84. Llopis J et al (2000) Ligand-dependent interactions of coactivators steroid receptor

coactivator-1 and peroxisome proliferator-activated receptor binding protein with nuclear

hormone receptors can be imaged in live cells and are required for transcription. Proc Natl

Acad Sci U S A 97(8):4363–4368

85. Miyawaki A (2011) Development of probes for cellular functions using fluorescent proteins

and fluorescence resonance energy transfer. Annu Rev Biochem 80:357–373

86. Miyawaki A, Tsien RY (2000) Monitoring protein conformations and interactions by fluores-

cence resonance energy transfer between mutants of green fluorescent protein. Methods

Enzymol 327:472–500

87. Nagai T et al (2002) A variant of yellow fluorescent protein with fast and efficient maturation

for cell-biological applications. Nat Biotechnol 20(1):87–90

88. Griesbeck O et al (2001) Reducing the environmental sensitivity of yellow fluorescent protein.

Mechanism and applications. J Biol Chem 276(31):29188–29194

89. Rao M, Mayor S (2005) Use of Forster’s resonance energy transfer microscopy to study lipid

rafts. Biochim Biophys Acta 1746(3):221–233

90. Ariola FS et al (2009) Membrane fluidity and lipid order in ternary giant unilamellar vesicles

using a new bodipy-cholesterol derivative. Biophys J 96(7):2696–2708

91. Bader AN et al (2009) Homo-FRET imaging enables quantification of protein cluster sizes

with subcellular resolution. Biophys J 97(9):2613–2622

Visual Discrimination of Membrane Domains in Live Cells by Widefield Microscopy 183



92. Sharma SD et al (2004) Radiochromic film measurement of anisotropy function for high-dose-

rate Ir-192 brachytherapy source. Phys Med Biol 49(17):4065–4072

93. Hoppe AD et al (2008) Three-dimensional FRET reconstruction microscopy for analysis of

dynamic molecular interactions in live cells. Biophys J 95(1):400–418

94. Verveer PJ, Squire A, Bastiaens PI (2000) Global analysis of fluorescence lifetime imaging

microscopy data. Biophys J 78(4):2127–2137

95. de Almeida RF, Loura LM, Prieto M (2009) Membrane lipid domains and rafts: current

applications of fluorescence lifetime spectroscopy and imaging. Chem Phys Lipids 157

(2):61–77

96. Owen DM et al (2006) Fluorescence lifetime imaging provides enhanced contrast when

imaging the phase-sensitive dye di-4-ANEPPDHQ in model membranes and live cells.

Biophys J 90(11):L80–L82

184 C.E. Butler et al.



Quantitative Fluorescence Studies

of Intracellular Sterol Transport

and Distribution

Daniel Wüstner, Frederik W. Lund, and Lukasz M. Solanko

Abstract Unraveling the pathways of intracellular cholesterol transport is of great

importance for biomedicine, since disturbed cholesterol trafficking is involved in

many metabolic diseases. Most fluorescent probes for cholesterol, however, have

physico-chemical properties deviating from the natural sterol. Intrinsically fluores-

cent sterols like dehydroergosterol (DHE) and the related cholestatrienol (CTL)

have great potential for analysis of sterol trafficking due to their close resemblance

of ergosterol and cholesterol, respectively. Excitation and emission of both sterols

are in the ultraviolet (UV), which, together with high bleaching propensity and low

brightness, make fluorescence imaging of DHE and CTL challenging. Here, we

present an overview of how UV-sensitive wide field (UV-WF) and multiphoton

(MP) microscopy can be applied to image both sterols in living cells and tissues. In

addition, we show, for the first time, how applying advanced image denoising can

dramatically enhance the signal-to-noise ratio in MP image sequences of DHE. This

allowed us to track DHE-containing vesicles and surface protrusions in cells over

prolonged time. We also discuss the properties of BODIPY-tagged cholesterol

(BChol) compared to DHE and cholesterol and present an overview of fluorescence

imaging techniques for analyzing cellular sterol dynamics.
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1 Introduction

Cholesterol is an indispensable lipid of mammalian cell membranes. Its unique

physico-chemical properties regulate membrane fluidity, permeability, and bending

resistance, while proper function of some membrane proteins critically depends on

cholesterol [19, 84, 135]. Cholesterol is also the metabolic precursor for vitamin D,

oxysterols, bile salts, and steroid hormones. The cholesterol biosynthesis pathway

produces many important intermediates like the isoprenoids farnesyl and geranyl

being required for covalent protein modification. Mammalian cells strictly regulate

the cholesterol content of their membranes, since small changes in the required

membrane sterol mole fraction can have deleterious effects on the biological

function. For example, cholesterol depletion of the plasma membrane using cyclo-

dextrin inhibits clathrin-dependent endocytosis, while cholesterol loading of

macrophages induces membrane ruffling and inhibits cell migration probably by a

disturbing effect on the membrane attached cytoskeleton [89, 98, 99, 117]. Simi-

larly, cholesterol loading diminishes glucose-stimulated insulin secretion from

pancreatic b-cells likely by blocking a transient increase of cytoplasmic calcium

upon glucose addition [41, 42]. Due to its effects on plasma membrane structure,

cholesterol also modulates the rate and mechanism of internalization of acetylcho-

line receptor [14]. Cholesterol increases the lateral packing of unsaturated

phospholipids, a process known as cholesterol’s condensing effect on membranes

[84, 135]. Consequently, the permeability and area of the bilayer are reduced, while

the thickness gets increased such that total membrane volume remains constant [49,

63, 135]. Alterations in membrane thickness and lateral pressure due to the presence

of cholesterol are a modulating factor on membrane protein function [54]. In

addition, some proteins, like the oxytocin receptor, rhodopsin, or the b-adrenergic
receptor, are known to directly bind membrane cholesterol, an inherent requirement

for their proper function or dimerization [19, 66].
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Our knowledge about the pathways and molecular players of whole body

cholesterol circulation and intercellular cholesterol trafficking has increased

tremendously over the last two decades. This is a consequence of progress in

deciphering the genome of mouse and humans but also of the provision of new

experimental approaches like generation of knock-out mouse models of various

human sterol-related diseases [25, 48, 50, 59]. Intracellular cholesterol transport is

very difficult to analyze, but technical progress during the last 12 years made it

possible to follow reliably the trafficking of fluorescent cholesterol analogs. Such

studies have shown that vesicular and nonvesicular pathways contribute to

establishing and maintaining a heterogeneous distribution of cholesterol between

various cellular organelles [74, 75, 80]. How intracellular cholesterol trafficking

can be studied using various fluorescent imaging approaches and how quantitative

fluorescence microscopy contributes to unravel the kinetics and molecular basis of

the different sterol transport modes are the topics of this chapter.

2 Fluorescent Probes for Studying Intracellular Cholesterol

Transport

In this section, we will give a very brief overview of the most common fluorescence

methods for monitoring intracellular sterol distribution and transport. Focus is on

filipin, as the classical cholesterol-binding fluorophore, and on fluorescent sterol

analogs with close resemblance of cholesterol’s properties. For a more com-

prehensive discussion of various fluorescent sterol analogs and sterol-binding

fluorophores, the reader is referred to several reviews published in that area during

the last 5 years [35, 36, 76, 132, 137].

2.1 Filipin as the Prototype of Cholesterol-Binding Probes

Filipin is the most used sterol-binding polyene being first described in 1955 as a

potent antifungal agent [8, 127]. Filipin has been isolated from bacteria Streptomy-
ces filipinensis, which was found in a sample of Philippine soil. Originally, it was

thought that filipin is a single type polyene macrolide antibiotic with nonaromatic

groups and the sum formula of C35H58O11 giving an approximate molecular weight

of 654 [21]. Bergy and Eble showed in 1968 that filipin is actually a mixture of four

major components and should therefore be considered as a filipin complex [10]. It

took almost 30 years until scientists established the ratio between the four

components of the filipin complex: filipin I (4 %), filipin II (25 %), filipin III

(53 %), and filipin IV (18 %). Filipin I is a mixture of several different

subcomponents of filipin III, and filipin II is 10-deoxy-filipin III. The last

filipin IV is an isomer of filipin III [100, 125]. All of them are fluorescent and

Quantitative Fluorescence Studies of Intracellular Sterol Transport and. . . 187



have three characteristic excitation maxima at 322, 338, and 355 nm, and a shoulder

starting at 305 nm. Filipin should be kept in molecular sieve-treated dimethyl-

sulfoxide to remove water, since aqueous environments degrade filipin fluorescence

[76]. Binding of filipin to cholesterol or other sterols with a free 30 hydroxyl group
causes dramatic changes in the ratio between peaks 1 and 3. The ratio changes from

0.7 in the case of free filipin up to 2.5 in the case of filipin-sterol complexes [91]. In

contrast to free cholesterol, all photophysical parameters of filipin remained

unchanged in the presence of cholesteryl palmitate, which indicates that filipin

cannot bind to the ester form of sterols [109]. Filipin has been proposed to form 1:1

complexes with cholesterol and other free sterols in membranes and also to self-

aggregate and to extract the sterols from bilayers [8]. In fact, alterations in absorp-

tion and emission spectra of filipin are likely a consequence of sterol-promoted

self-interaction resulting in formation of excitons with parallel orientation of the

transition dipoles [20]. Membrane association of filipin has been measured by

changes in absorption, fluorescence intensity and polarization or by circular dichro-

ism (see [11] and refs. therein). The rate of filipin III binding to liposomes made of

egg yolk lecithin was determined by Bittman and co-workers using stopped-flow

measurements of absorption at 360 nm [12]. The authors found that the initial rate

of absorption change depended linearly on cholesterol concentration below 10 mM
filipin [12, 13]. They could relate binding kinetics of filipin to the transbilayer

distribution of cholesterol in model and cell membranes, for example, in

erythrocytes, where a 50:50 % cholesterol distribution in the plasma membrane

was measured by that approach [13]. Due to the problems mentioned above

concerning filipin-induced alterations in bilayer structure but also due to unpredict-

able effects of membrane composition and protein content on filipin binding

kinetics, these results must be related to more recent approaches using intrinsically

fluorescent sterols or spin-labeled sterols [78, 83, 88, 115]. Visualization of fixed

filipin-stained cells by fluorescence microscopy is a routine assay in clinical

laboratories for assessment of free sterol content in cells as well as a diagnostic

tool for identification of cholesterol storage in various diseases, like Niemann-Pick

type C disease [23, 90, 94]. It has been shown that cholesterol content of cells

determined by biochemical methods correlates with measured filipin fluorescence

in labeled cells over a wide sterol concentration range, for example, when choles-

terol content was altered in macrophages using cholesterol/cyclodextrin [98].

Absolute quantification of subcellular cholesterol distribution based on filipin

fluorescence, however, is complicated by the fact that filipin disturbs membrane

structure, and equal access of filipin to all sterol-containing cellular membranes is

not guaranteed [8, 9, 17, 112, 116]. Also, cross-contamination is possible, since

filipin has even been shown to bind gangliosides in addition to cholesterol [2]. Since

cells need to be fixed, filipin does not allow for following inter-organelle sterol

transport, and the assay does not work with living cells [35]. The total free sterol

pool becomes stained by filipin, such that this method does not allow for discrimi-

nating endogenously synthesized from exogenous cholesterol taken up from the

plasma membrane or delivered to cells via lipoproteins. In other words, it remains

difficult to track a particular sterol pool in the cell by filipin. A recent exception is a
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study where uptake of cholesterol from atherogenic LDL has been visualized in

filipin-stained macrophages [39]. Locally increased filipin staining was found in

these cells when acetylated LDL (acLDL) with hydrolyzable cholesterol ester was

used as sterol donor compared to nonhydrolyzable cholesteryl ether in the acLDL

particle [39]. Filipin staining could be used in that study, since the detected increase

in free sterol was massive and local as a consequence of creating an acidic

extracellular compartment where degradation of the lipoprotein was initiated

[40]. Adapting that assay to other cell types and research objectives will be

challenging. Filipin is often used to report about cellular cholesterol content after

sterol depletion or loading using the chelator cyclodextrin (CD). In a recent

example, acute cholesterol depletion using methyl-b-CD in rat hepatoma cells

expressing the NPC1L1 protein was followed by cholesterol loading from

cholesterol-CD complexes, and the cellular cholesterol content was monitored by

filipin staining [31]. In cells expressing functional NPC1L1 constructs, cholesterol

reloading was more efficient than in control cells, and it was suggested that this

observation resembles the physiological process of intestinal cholesterol absorption

mediated by NPC1L1 [31, 56]. Acute cholesterol depletion using CD blocked

clathrin-dependent endocytosis in these cells and thereby shifted the distribution

of not only transferrin (Tf, a marker for that endocytic pathway) but also of

NPC1L1 to the cell surface [45, 149]. Whether cholesterol-depletion-dependent

cholesterol uptake by NPC1L1 takes place in enterocytes and hepatocytes, where

this protein is expressed, is not clear.

2.2 Fluorescent Cholesterol Analogs

The general advantage of fluorescent cholesterol analogs is that these probes allow

for live-cell imaging of sterol redistribution in pulse-chase experiments. This is not

possible with stains like filipin, since binding of polyene macrolides grossly alters

membrane structure and function [35, 76]. Most fluorescent sterols containing an

attached fluorophore, like a nitrobenzoxadiazole (NBD) group, however, behave

very different from cholesterol in model membranes and cells [76, 132]. For

example, NBD-cholesterol with the fluorophore at carbon 25 of cholesterol was

found to have the opposite membrane orientation than cholesterol and to be targeted

to cholesterol-poor mitochondria in cells [86, 106]. Cholesterol is known to mediate

formation of a liquid-ordered phase (lo) in model membranes containing saturated

phospholipid species, for example, in dipalmitoylphosphatidylcholine (DPPC)

bilayers at room temperature [53, 124]. In ternary mixtures, for example, composed

of DPPC, an unsaturated lipid like dioleoylphosphatidylcholine (DOPC) and cho-

lesterol, liquid-liquid immiscibility is induced by cholesterol creating liquid-

disordered (ld)/lo phase coexistence [121]. The lo phase is known to be

cholesterol-rich, since cholesterol has a higher packing capacity in phases

containing phospholipids with saturated fatty acyl chains [5, 47, 82, 122, 152]. A

decisive criterion for similarity of a fluorescent sterol with cholesterol (or the
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related ergosterol) is the ability of the probe to partition into the lo phase. While

NBD-cholesterol analogs partition exclusively into the opposite, ld, phase, only the

intrinsically fluorescent sterols dehydroergosterol (DHE) and the related synthetic

cholestatrienol (CTL) have high partition preference for the lo phase [4, 30, 68,

113]. DHE has even been shown to induce formation of the lo phase in a similar

concentration range as cholesterol and ergosterol [5, 30, 122]. For other fluorescent

sterols, like dansyl cholesterol or pyrene-tagged cholesterol, no studies about the

lo/ld phase partition have been performed; only their properties in liposomes made

exclusively of either lo- or ld-type lipids have been reported [60, 61, 114]. That,

however, cannot replace partition experiments in supported membrane or free-

standing bilayers or in giant unilamellar vesicles (GUVs). A reasonable exception

is the recently introduced BODIPY-cholesterol (BChol), which fulfills this criterion

of being a good cholesterol mimic [1, 52, 113, 145]. BChol with the BODIPY

moiety at carbon 24 but no other BODIPY-tagged cholesterols showed slight

preference for the lo phase and co-distributed with DHE in baby hamster kidney

(BHK) and HeLa cells [1, 145]. BChol shows a similar steady state distribution as

[3H]-cholesterol in purified membrane fractions of cells, but its esterification is

lower than that of radiolabeled cholesterol [52]. BChol has been also used to

monitor cellular cholesterol efflux but released from the cell more readily than

cholesterol due to the disordering effect of the BODIPY group on surrounding lipid

hydrocarbon chains [52]. Due to the exquisite fluorescence properties with high

quantum yield, low environmental sensitivity, and large excitation coefficient, only

spurious amounts of BChol need to be incorporated into cellular membranes for

investigation of cellular sterol trafficking (0.1–0.5 %). Above 3 mol%, we found

evidence for self-quenching of BChol likely by formation of ground state dimers,

but no evidence for excimers, that is, excited state dimers [145]. Due to its partition

into the ld and lo phase, BChol can be used as a sensitive liquid order/disorder

microdomain fluorescence marker, for studying lipid-lipid interactions and mem-

brane fluidity in model membranes [1, 145]. The mean fluorescence lifetime of

the BODIPY moiety of BChol has been measured in ternary model membranes to

be 5.57 ns and 5.34 ns in the lo and ld phase, respectively [1]. Lateral and rotational

diffusion of BChol was slightly faster in the ld than in the lo phase supporting

that the packing density is lower in the disordered phase [1]. Similar values of

mean fluorescence lifetime as in model membranes were found for BChol in living

cells [145].

Many studies have shown that the intrinsically fluorescent sterols DHE and CTL

are the most suitable mimics of cholesterol for monitoring sterol distribution and

transport kinetics in living cells [28, 43, 45, 78, 79, 108, 110, 133, 138–140, 142,

143]. Minimal chemical alterations of DHE compared to cholesterol (Fig. 1a)

ensure that DHE has the same transport itineraries and intracellular distribution

as cholesterol [29, 75, 132]. A serious limitation of DHE and CTL is their low

brightness, excitation in the rather far ultraviolet and high bleaching propensity.

DHE is synthesized by some yeast species and the red sea sponge (Biemna fortis)

[78]. It bears minimal chemical alterations compared to ergosterol (one additional

double bond) and to cholesterol (two additional double bonds in the steroid ring
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system and one extra methyl group and double bond in the side chain, see Fig. 1).

Many studies have shown that DHE’s biophysical properties closely match those

of ergosterol and cholesterol [76, 78, 132, 136]. This, however, comes along

with very poor suitability as a fluorophore due to low extinction coefficient

(11,000 M–1 cm–1), low quantum yield (F ¼ 0.004 in ethanol) and high bleaching

Fig. 1 Chemical structure of dehydroergosterol (DHE), BODIPY-cholesterol and filipin. (a)

Structure of DHE. Differences to cholesterol are indicated in green and red, that is, an extra

methyl group and double bond in the alkyl side chain and two additional double bonds in the

steroid ring system. Only one additional double bond in the second ring distinguishes DHE from

ergosterol (indicated in red). The three conjugated double bonds in the steroid ring (indicated in

light blue) give DHE its slight fluorescence. The structure of CTL is identical to that of DHE in the

steroid ring, while the isooctyl side chain of CTL is the same as in cholesterol. (b) Structure of

BODIPY-cholesterol with the fluorophore (green, with light green underlay to highlight the

fluorescent group) at carbon 24 of the sterol side chain. (c) Structure of filipin III with the

conjugated double bonds of the polyene indicated in dark blue. (d) Giant unilamellar vesicles

made of POPC and 40 mol% DHE were repeatedly imaged on an UV-WF microscope. Some

vesicle undulations as well as formation and budding of a small daughter vesicle (red arrows) were
observed in a time course of 2 s. Bar, 10 mm
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propensity [76, 78, 132, 136]. Visualization of DHE is possible in cells and model

organisms using UV-sensitive wide field microscopy (UV-WF) or, alternatively,

multiphoton (MP) excitation microscopy [73, 76, 78, 136, 141, 144]. UV-WF

imaging requires an objective and collector lenses with high UV throughput as

well as an array detector with good quantum yield between 360 and 400 nm. We use

either a back-thinned piezo-cooled charge coupled device (CCD) camera from

Hamamatsu Inc. Japan (model Orca 2.0) or, more recently, an electron multiplica-

tion CCD from Andor Technology, USA (EMCCD, model iXon Blue). The latter

camera has not only high sensitivity in the UV with around 70 % quantum yield at

400 nm but also the great advantage that the charge generated by the released

photoelectrons can be several hundred fold enhanced. This results in much higher

signal-to-noise ratio (SNR) even for low numbers of incoming photons. Accord-

ingly, one can strongly reduce the exposure time or excitation light intensity,

thereby preventing high UV irradiation of cells and photobleaching of DHE or

CTL [76]. An example is shown in Fig. 1d, where GUVs made of 1-palmitoyl PC,

2-oleoyl PC (POPC), and 40 mol% DHE were repeatedly imaged on our UV-WF

microscope equipped with the iXon Blue EMCCD. Despite bleaching, which was

corrected for here by intensity normalization, one can clearly discern a small vesicle

budding from the large GUV as a consequence of temperature-induced membrane

undulations (red arrows in Fig. 1d). In that example, the acquisition time was set to

100 ms with EM factor of 100 to visualize the budding event.

MP excitation microscopy is a nonlinear imaging technique, where almost

simultaneous absorption of two or more photons causes an electronic transition in

the fluorophore from the ground to the first excited state. The absorbed photons

have approximately one-half (for two-photon excitation) or one-third of the energy

(for three-photon excitation) compared to the one-photon excitation process,

respectively. Thus, as a rule of thumb, excitation of a fluorescent probe by two-

or three-photon microscopy can be efficiently stimulated using twice or three times

the wavelength used for one-photon excitation. For example, DHE is excited

around 320 nm by an one-photon process, while we and others were successful in

exciting it with 920 nm by MP microscopy [28, 78, 79, 137, 141, 150]. The longer

excitation wavelength has several advantages for UV microscopy including less

cytotoxicity and photobleaching, deeper specimen penetration, and less light scat-

tering. Apart from these advantages, the key benefit of using MP microscopy is its

intrinsic sectioning capability, that is, the efficient rejection of out-of-focus light.

There are several ways of getting rid of out-of-focus background in fluorescence

microscopy; in WF microscopy, one can use deconvolution, a mathematical opera-

tion which reassigns out-of-focus fluorescence to the correct plane in a post-

processing step [118]. Deconvolution combined with bleaching correction has

been used several times in UV-WF imaging of DHE [133, 137, 138]. In confocal

microscopy, a pinhole in front of the detector rejects out-of-focus light but also

lowers the detected fluorescence. Confocal one-photon excitation laser scanning

microscopy cannot be used for visualization of DHE or CTL, since the scanning

laser beam will bleach the sterol probes long before enough photons could be

collected at every pixel position. In addition, UV lasers emitting below 350 nm,
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as required for excitation of DHE or CTL, are hardly available. Further discussion

of that point can be found in Wüstner and Færgeman [138]. Excitation (and thereby

eventual photobleaching) occurs along the whole depth in confocal microscopy.

Only by MP microscopy, one restricts excitation and thereby emission to the focal

plane, and there is therefore no need for a pinhole or deconvolution, though both

provisions can slightly improve the quality of MP images, given enough photon

counts at the detector. In all forms of fluorescence microscopy, high-numerical-

aperture objectives strongly focus the incident light resulting in photon densities at

the focal plane several fold higher than slightly above and below that plane [130]. In

one-photon excitation, the light intensity at these locations outside the center of the

focus is still enough to excite the fluorophore, and this is causing the out-of-focus

background in conventional fluorescence microscopy. In contrast, MP excitation is

restricted to the focal plane due to the extremely low probability for the (almost)

simultaneous absorption of several photons requiring very high photon densities

[72, 146, 151]. This is experimentally realized using femtosecond pulsed lasers, for

example, titanium-sapphire lasers, generating the required photon densities only in

the focal plane. These light sources allow for extremely high peak intensities for

triggering the MP excitation events, while keeping the mean intensity (averaged

over the pulses and pauses) low and thereby preventing heating of the specimen

[151]. We find a nonlinear (quadratic for two-photon excitation and cubic for three-

photon excitation) dependency between incident light intensity and emitted fluores-

cence providing the sectioning effect in this imaging modality [107, 136].

Consequently, out-of-focus light is essentially absent in this method and

photobleaching is restricted to the focal plane. The required infrared excitation is

not only less harmful for cells than one-photon excitation with lex ¼ 320 nm in case

of imaging DHE but allows also for deeper tissue penetration. This has been used to

study DHE distribution in living animals – the nematode Caenorhabditis elegans
(C. elegans) [141]. A major limitation for whole-animal imaging of DHE by MP

microscopy, however, is the efficient excitation of autofluorescence emitting in the

same spectral range as the sterol [33, 141]. UV-WF imaging together with

computational detection of differences in photobleaching rates of DHE versus

autofluorescence enabled us to selectively detect sterol-containing tissues in

C. elegans [141, 144].

3 Analysis of Intracellular Sterol Dynamics by Quantitative

Fluorescence Microscopy

With the increasing access of advanced imaging equipment and techniques, a

number of methods for studying the dynamics of fluorescence-tagged biomolecules

have emerged. Here, we describe some of these techniques and give examples of

their application to studies of sterol dynamics. Progress in dynamic imaging of the

weakly fluorescent DHE by MP excitation combined with image denoising will be

presented.
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3.1 Pulse-Chase Studies

By pulse-chase labeling, one can study how a fluophore is taken up by the cell and

follow intracellular transport of the fluophore in real time. Typically, cells are

plated on a microscope dish and (pulse) labeled with the fluophore for a few

minutes. For a fluorescent ligand, that would result in binding to its receptor on

the cell surface (e.g., fluorescent transferrin (Tf) to the Tf receptor). For fluorescent

lipids, and in particular sterols, a short labeling pulse inserts the probe into the

plasma membrane from which intracellular targeting can be studied over time [43,

44, 96]. Efficient labeling of cells with fluorescent sterols is possible using sterol

complexes with methyl-b-cyclodextrin, as recently summarized with detailed

protocols [76]. The cells may be prelabeled with one or more dyes which specifi-

cally stain a given organelle. The probe transport kinetics to the highlighted

organelles can then be measured using suitable image analysis protocols [34].

Sterol transport has been often studied in pulse-chase experiments using DHE.

For example, pulse-chase labeling experiments have shown that the distribution of

DHE in CHO cells, nonpolarized HepG2 cells, and macrophages largely resembles

that of cholesterol [43, 140, 143]. Colocalization with transferrin tagged with a

green or red fluorescent dye, like the Alexa dye series, revealed that the ERC is a

major sterol pool, while very little DHE was found in the trans-Golgi network [43,

140, 143]. Since the light path in the fluorescence microscope, and especially the

objective, is not corrected for chromatic aberration between ultraviolet and visible

green or red light, a correction for lateral and axial off-set has to be carried out.

Multicolor fluorescent beads of sub-resolution size are well suited for that task, and

they can serve in parallel as an internal standard for the shape of the microscope

point spread function (PSF), as described previously [138]. By the pulse-chase

approach, trafficking itineraries of two fluorescent sterols, DHE and BChol from

the plasma membrane have been compared in a quantitative manner [145]. BHK

and HeLa cells were loaded with oleic acid to induce lipid droplet (LD) formation,

and the ERC was labeled with Alexa546-tagged Tf (a red probe), while the infrared

droplet stain deep red LipidTox (from Invitrogen Inc.) was used to visualize LDs

[145]. Four-color wide field fluorescence microscopy revealed the targeting of

DHE and BChol to ERC and LDs in parallel. ERC and LD boundaries were

determined from binary masks generated for each image set after intensity

thresholding of the organelle-marker images. A whole-cell mask allowed for

determining total cellular fluorescence of the sterols and for normalizing the

measured organelle sterol to total intensity [145]. We observed that BChol is

preferentially targeted to LDs on a time scale of a few minutes, while DHE became

much more enriched in the ERC and only to a minor extent transported to LDs in

those cells [145]. The affinity of BChol for oleic-acid-induced LDs is likely a

consequence of the attached BODIPY group, since BODIPY dyes are used as

prominent LD markers [65]. Our image analysis protocol can be easily

implemented and automated in open-source imaging packages like ImageJ

(http://rsbweb.nih.gov/ij/) using the ImageJ Macro – language being available

with good documentation at http://rsbweb.nih.gov/ij/developer/macro/macros.
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html. While treatment of cells with oleic acid induces formation of triacylglycerol

(TAG)-rich LDs, incubation of macrophages with atherogenic LDL causes forma-

tion of cholesteryl-ester (CE)-rich LDs [119, 147]. DHE was found to be rapidly

targeted to those LDs from the plasma membrane without significant esterification

[143]. In adipocytes, large LDs containing mostly TAG are formed [62]. We found

that DHE did not became enriched in these LDs but inserted to some extent into the

LD rim, that is, the phospholipid monolayer surrounding LDs [138]. Macrophage

foam cell LDs and the phospholipid monolayer of adipocyte LDs were found to

contain nonesterified cholesterol, as shown by filipin staining [77, 95]. Thus, results

obtained using UV-WF imaging of DHE are fully in line with these earlier reports.

Droplet targeting of DHE and CTL paralleled by esterification of the sterols has

been found after overnight incubation of CHO cells [81, 83].

Pulse-chase studies are not limited to fluorescence imaging of sterol transport in

mammalian cells. In yeast, the oxysterol-binding proteins have been suggested to

function as sterol transfer proteins [7]. A pulse-chase experiment with metaboli-

cally radiolabeled ergosterol from the ER to the plasma membrane showed that the

Osh proteins were not required for sterol transport through the cytoplasm but were

possibly involved in transport of sterol to methyl-b-CD extractable pools [32].

These experiments were complemented with imaging of DHE inserted into the

cells under auxotrophic growth conditions. Redistribution of DHE from the PM to

LDs was nonvesicular, since it was not affected in end4 deletion mutants, but it

required ATP as well as the sterol acyltransferase Are2 [32]. LDs were co-stained

with Nile red, a traditional droplet marker [38], and DHE transport was quantified

by semi-automated image analysis [32]. A fully automated image analysis strategy

for quantifying DHE transport to LDs based on prelabeling with Nile red has been

recently published for macrophage foam cells and can be adapted to yeast as well

[138]. Menon and colleagues found that Oh4 protein accelerates sterol redistribu-

tion without affecting the steady state distribution of DHE [32]. Recent in vitro

experiments using purified and tagged Oh4 protein combined with DHE as trans-

ferable sterol suggest that Oh4 exchanges ergosterol against phosphatidylinositols

in membranes [24]. This example illustrates that DHE imaging can be

supplemented by spectroscopic investigation of carrier-mediated DHE transfer

between membranes. Other examples are the cytosolic sterol transfer protein

StARD4, the Niemann-Pick type C disease proteins 1 and 2 and the sterol chelator

methyl-b-CD [22, 43, 57, 67, 81, 93, 148].

3.2 Fluorescence Recovery After Photobleaching
and Fluorescence Loss in Photobleaching

Fluorescence recovery after photobleaching (FRAP) is a commonly used method to

study intracellular dynamics of fluorescent macromolecules. Initially a region of

interest (ROI) is bleached with high-intensity illumination, typically provided by an

attenuable laser at a laser scanning microscope. Subsequently, the return of fluores-

cence intensity in the ROI is quantified over time as a measure of probe transport to
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the ROI. Incomplete recovery may indicate an immobile fraction of fluophores, that

is, bleached molecules which do not exchange with fluorescent molecules from

outside the ROI in the time course of the experiment [64]. FRAP data can be

analyzed either purely qualitatively, semi-quantitatively by fitting with empirical

functions for comparison or, finally, by physical modeling of the complex binding/

diffusion process. Only by the latter approach, parameters such as the diffusion

constant and/or binding constants for the fluophore may be determined. However,

since cells have very irregular geometries and spatially varying diffusion

properties, the modeling of the real reaction–diffusion problem is extremely chal-

lenging and not appropriately solved yet [87]. DHE cannot be imaged on a confocal

laser scanning microscope (see above), but fluorescence recovery of DHE after

photobleaching has been studied on a UV-WF microscope. Here, the ROI is defined

by the size and position of the fully closed field aperture of the imaging system

(approx. 13 mm in diameter). It takes less than 10 s with full illumination to bleach

all DHE molecules of a cell within that ROI, which is comparable to bleaching

times of conventional fluorophores for the same area on a scanning confocal system

[64, 126]. Detailed modeling of DHE FRAP data acquired on an UV-WF micro-

scope will be challenging, and so far, only semi-quantitative analysis has been

performed for comparison of different experimental conditions. For example, DHE

in LDs of J774 macrophage foam cells was bleached, and fluorescence recovery

was measured in control and ATP-depleted cells. The transport process occurred

with a half-time of 1.5 min and did not require ATP [143]. In another study, FRAP

was used to show that the sterol carrier protein STARD4 is involved in sterol

transport from the plasma membrane to the ERC [81]. Initially, cells were labeled

with DHE and Tf to locate the ERC. Then the ERC was bleached in control cells

and cells with overexpressed or silenced STARD4. This showed that upon

STARD4 overexpression, the half-time of recovery decreased from 3.2 to

2.6 min, while the mobile fraction given by the amplitude of fluorescence recovery

increased [81]. Thus, STARD4 enhances transport of sterols from the plasma

membrane and ERC, and that was also found for cholesterol towards the sterol

sensing machinery in the ER [81]. Interestingly, silencing of STARD4 had little

effect on fluorescence recovery of DHE, suggesting the existence of STARD4

independent transport mechanisms [81]. Using a laser scanning confocal micro-

scope, it is possible to bleach arbitrarily shaped ROIs, for example, an organelle,

due to exact positioning of the laser with acoustic-optical tunable filters (AOTFs).

However, in quantitative FRAP experiments performed on such as ROI, one must

be careful in determining parameters. The FRAP method was originally performed

by bleaching a spot with a size of the e–2 radius of the laser beam [3]. Hence, many

analytical expressions for FRAP analysis were developed for the spot-FRAP

approach, and those models are not strictly valid for FRAP experiments performed

in scanning modus on a confocal microscope [15]. Analytical expressions exist for

simple geometries such as a line or a circle, while recovery in more complicated

geometries has been analyzed by computational simulations of diffusion in the

geometry [3, 6, 104].
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A method related to FRAP is fluorescence loss in photobleaching (FLIP). In

FLIP, an ROI is bleached repeatedly, while the fluorescence intensity in the entire

cell or organelle of interest is monitored with reduced laser intensity between the

high-intensity laser bleaches. Thus, FLIP reveals which compartments in the cell

continuously exchange the fluorescent molecule with the bleached region. For

determining sterol dynamics, we use FRAP and FLIP of BChol on a confocal

microscope (Lund et al., manuscript in preparation), but one can also use the

FLIP method on an UV-WF system to determine the dynamic connectivity of

DHE-containing compartments. For example, the exchange dynamics of DHE

between the two plasma membrane domains of polarized HepG2 cells has been

studied by FLIP combined with FRAP and time-lapse imaging [140]. DHE in the

basolateral membrane was found to be in continuous exchange with that in the

canalicular membrane of the same cell, while no DHE crossed the canalicular

lumen from the second cell forming a couplet. Thus, UV-WF adapted FLIP

revealed that no sterol is secreted into the canalicular lumen, since otherwise, the

DHE would have been replenished in the bleached cell [140].

3.3 Fluorescence Fluctuation Techniques

According to the fluctuation-dissipation theorem, one can either deflect a system

from the equilibrium (or steady state) and follow its relaxation to a new steady state

over time, as in FRAP experiments, or one can observe a large number of particle

fluctuations at steady state; both procedures will provide transport rate constants.

Fluorescence correlation spectroscopy (FCS) was developed in the 1970s to follow

the second approach, as nicely reviewed in [26]. In FCS, a femtoliter volume is

illuminated by a stationary laser, and fluctuations in the photon counts are recorded

as a function of time. The fluctuations arise from changes in fluorophore concen-

tration but also from photophysical effects, such as blinking or triplet formation of

the fluorophore within the focal volume. From the autocorrelation function of the

fluctuation time series, information about triplet dynamics, bleaching, and

fluorophore mobility can be inferred [26]. Similar as in FRAP analysis, a suitable

physical model is required to extract reliable diffusion constants and binding

parameters from the autocorrelation data. In contrast to FRAP experiments, classi-

cal FCS techniques rely on bright and photostable fluorophores, where each dye-

tagged molecule crossing the focal volume causes significant fluorescence

fluctuations for an overall low mean fluorescence. Thus, FCS techniques can be

used to determine sterol diffusion using BChol, but not with intrinsically fluores-

cent sterols like DHE [71]. Image correlation spectroscopy (ICS) is an imaging

analog to FCS, first described by Petersen et al. in 1993 [92]. From the ICS

autocorrelation function measured for spatial lag variables, the number of

fluophores per area and their degree of aggregation can be determined. In the

classical ICS implementation, the autocorrelation function is calculated for spatial

lag variables from a single image, and to obtain better statistics, one often performs

the calculations on a stack of images of the same cell [92, 128]. Unlike FCS, ICS
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does not give any information about the fluophore dynamics. To study that,

temporal image correlation spectroscopy (TICS) was introduced [129]. In TICS,

which is a spatially extended version of FCS, the time autocorrelation function is

determined for every pixel position, such that spatially heterogeneous probe

dynamics can be resolved. The mobility of molecules detected by TICS must be

lower than the time the scanning laser needs to return to the initial position between

successive frames. Otherwise, any temporal correlation will be lost, which makes

that TICS is typically used to analyze the dynamics of membrane-bound proteins or

slowly moving cytoplasmic molecules [58]. If the fluophore is staying within the

same location for a number of frames, the decay of the autocorrelation function

depends on the type of dynamics. Therefore, TICS provides information about the

type of dynamics, that is, whether a molecule is moving by pure diffusion, by flow,

or a combination of both. However, TICS cannot reveal the direction of flow, since

no correlation between individual pixel positions is entering the correlation func-

tion. Spatiotemporal ICS (STICS) calculates the full autocorrelation function, that

is, spatial and temporal, and thereby provides information about diffusion, flow

speed, and flow direction [46]. In STICS flow will be seen as movement of the

center of the Gaussian correlation function, and from this, the direction of flow may

be inferred. It is not in the scope of this article to describe the ICS techniques in

more detail. Therefore, we guide the interested reader to the excellent review by

Kolin and Wiseman [58].

Due to their weak fluorescence, individual DHE or CTL molecules cannot be

detected by any of the fluorescence correlation techniques. However, assemblies of

sterol, like moving DHE-containing vesicles, can be measured, since their move-

ment through the laser focus will cause detectable fluorescence fluctuations. For

example, the mobility of DHE-containing vesicles in HepG2 cells was analyzed by

STICS from multiphoton microscopy image stacks. This showed that the vesicles

moved by pure diffusion with a diffusion constant of 0.501 � 0.045 � 10–5 mm2/s.

Furthermore, since the autocorrelation function remained Gaussian over time, it

was concluded that the vesicles were not subject to active transport [137]. Due to its

much better fluorescence, BChol can be studied by fluorescence fluctuation

techniques. We have recently applied two-photon TICS to measure cytoplasmic

and membrane diffusion of BChol providing evidence for locally varying sterol

dynamics in living CHO cells [71].

3.4 Single Particle Tracking

While FRAP, FLIP, and the ICS techniques allow for measuring diffusion constants

of fluorescent biomolecules, these methods do not provide direct access to the

particle trajectories. Single particle tracking (SPT) is a versatile method for moni-

toring the movement of individual particles like vesicles, protein aggregates, or

supramolecular assemblies or even single molecules in the cell [101, 103, 105].

Since SPT determines trajectories for each particle separately, the method can reveal

subpopulations with different dynamics which is not possible with FRAP or ICS,
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since these methods show the average dynamics of many molecules. SPT has been

used to study the mobility of viruses or vesicles containing lipoproteins and of lipid

granules [27, 51, 55, 105, 120]. By particle tracking, the trajectory (i.e., x- and
y-coordinates as a function of time) of the particle is acquired. Subsequently, the

mean square displacement (MSD) of the particle trajectory is calculated. For pure

diffusion, the tracked particles or molecules will perform a random walk, whose

probability density function (PDF) is a Gaussian function describing the distribution

of step lengths for a given time increment [16, 103, 111]. The second moment of the

PDF is the MSD, which is most often used to characterize diffusion processes and to

determine a diffusion constant for the particles. From the shape of the MSD curve,

various types of diffusion can be distinguished, all being observed in living cells. For

normal Brownian diffusion, the MSD is linearly proportional with time [97, 102].

Anomalous subdiffusion caused by molecular crowding and/or binding to mobile or

immobile intracellular objects is signified by downward curvature of the MSD plot,

while anomalous superdiffusion caused by active transport or cellular flow gives an

upward bentMSD curve. Using SPT of image sequences acquired on a UV-sensitive

wide field microscope, the formation and subsequent dynamics of DHE-containing

vesicles were observed in J774 cells [139]. This showed that DHE-containing

vesicles were formed 2.5 min after labeling and that these generally stayed in the

vicinity of the plasma membrane for an extended period of time. SPT of those

vesicles over a period of 20 min revealed that their motion followed a model of

confined diffusion with a diffusion constant of ~10-4 mm2/s in an area of 2.3 � 0.13

mm2. According to the Stokes-Einstein relation, a vesicle of radius 150 nm diffusing

in a fluid ten times more viscous than water would have a diffusion constant of

0.14 mm2/s. Thus, the diffusion constant of DHE-containing vesicles in the cell

periphery is about 1,000 times slower than predicted for pure diffusion [139]. The

rather large difference in diffusion constants found for DHE vesicles by SPT on a

UV-WF set-up versus by TICS with the MP microscope (see above) is likely a

consequence of two factors: (1) imaging modalities and analysis strategies differed

for both experiments and (2) different cell types might have different transport

properties and membrane dynamics. We found in recent simulations that TICS

and SPT give similar values for particles performing pure diffusion, that is, a

classical random walk (Lund and Wüstner, unpublished observations). The poor

fluorescence properties of DHE somehow limit the analysis options for diffusion

measurement of vesicles containing that sterol in living cells. Some improvement is

possible by combining MP time-lapse imaging of DHE with advanced denoising

routines before tracking of vesicles, as outlined in the next paragraph.

3.5 Multiphoton Excitation Fluorescence Microscopy Combined
with PURE-LET Image Denoising

Due to its low absorption coefficient, quantum yield and MP cross section,

single-frame MP images of DHE-stained cells are of poor quality (i.e., low-peak
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signal-to-noise ratio (PSNR)). This is exemplified in Fig. 2a, upper row for a

Chinese hamster ovarian (CHO) cell labeled with DHE for 1 min and chased for

30 min at 37 �C. One can envision the cell outline and a perinuclear sterol

Fig. 2 PURE-LET denoising of multiphoton image series of DHE-stained cells. Chinese hamster

ovarian (CHO) cells were labeled with DHE from a cyclodextrin complex for 1 min at 37 �C,
washed with buffer medium and chased for 30 min at 37 �C. Cells were imaged on a home-built

MP microscope with an excitation wavelength of 930 nm and a pixel dwell time of 50 ms. (a) upper
panel, raw data of an image series; lower panel, same sequence denoised using the PURE-LET

algorithm, as described in the text, below. (b–g), another cell imaged with the cell surface in

focus. (b, c) Single frame unprocessed (b, “single – raw”), or denoised (c, “single – PURE”); (d)

color overlay with unprocessed in red and denoised in green. (e, f) Sum projection of 30

unprocessed frames (e, “sum – raw”) or of 30 denoised frames (f, “sum – PURE”); (g) color

overlay with unprocessed sum projection in red and denoised sum projection in green. (h) Plot of

PSNR as a function of the logarithm of successive frame averages compared to the total average of

all frames from MP raw data (closed circles), a UV-WF sequence after bleaching correction (open
triangles), both taken from ref. Wüstner et al. [137], and the same MP sequence after applying

PURE-LET denoising (open circles). Bar, 5 mm. See text for further explanations
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enrichment, but this is dominated by a high noise level. The important aspect in

these low-count images is that the noise is highly related to the signal. Since we

used a photomultiplier tube (PMT) in photon counting mode as detector, the major

source of noise is clearly shot noise, that is, the random number of photons hitting

the detector in a given period of time. Due to this photon counting process, the

statistical distribution of each pixel is well described by a Poisson law, whose

underlying intensity is the actual uncorrupted measurement giving strongly signal-
dependent noise. Consequently, the common independent additive white Gaussian

noise model, which may be adequate for CCD detectors operating under standard

illumination conditions, can clearly not be considered for the MP imaging of DHE.

Denoising is an important image-processing step which can greatly improve the

quality of the data for the subsequent analysis (feature segmentation, object track-

ing, etc.) of images. The purpose of denoising is to remove irrelevant information

(noise), while preserving the structures of interest. To efficiently denoise those

Poisson data, we relied on a recent wavelet-based denoising algorithm [69, 70]

which consists of two main features: (1) a data-adaptive unbiased estimate of the

mean-squared error (MSE) between the processed and the unknown noise-free

data – this statistical quantity is called “Poisson’s unbiased risk estimate” (PURE) –

and (2) A linear parameterization of the denoising process expressed as a wavelet-

domain “linear expansion of thresholds” (LET). While PURE allows to practically

monitor the denoising quality, the LET ensures a low computational complexity.

Applying 10 cycles of the multiframe (11 frames) wavelet-based PURE-LET

denoising to the recorded MP time-lapse sequence resulted in a dramatic improve-

ment of image quality. This can be inferred from the reduced level of noise, while

sterol-containing vesicles are well preserved. The plasma membrane, the sterol-rich

perinuclear recycling endosome and multiple sterol-containing vesicles can be

clearly discerned in individual frames (Fig. 2a, lower panel). This improvement is

mainly due to the adequacy of the considered Poisson noise model (confirmed by the

automatic noise parameter estimation), which guarantees the mean square error

(MSE) optimality of the PURE-LET denoising. As a result, the denoised image is

ensured to have a significantly higher PSNR than the raw input and thus to be closer to

the expected underlying noise-free image. In our recent work, we showed that

calculation of an average or sum projection of multiple low-quality frames can result

in a single high-qualityMP image ofDHE-stained specimen [137]. To directly assess

the improvement in image fidelity brought by PURE-LET denoising, we calculated

thePSNR(seeEq.1 in [137]) for anotherDHE-stainedCHOcell imageseries.The test

image was either a single raw image (Fig. 2b) or the corresponding denoised image

(Fig. 2c), and the reference imagewas the sumprojection of 30 raw frames (Fig. 2e) or

the sum projection of the corresponding 30 denoised frames (Fig. 2f), respectively.

We found that the PSNRbetween a single raw image (Fig. 2b) and the sumprojection

of the raw image stack (Fig. 2e) was 10.99 dB, while that between the corresponding

denoised single image (Fig. 2c) and the sum projection of the denoised image stack

(Fig. 2f) was 24.59 dB. This underlines the visual impression that PURE-LET

denoising dramatically improves the quality of each individual frame of the MP

time-lapse sequence of DHE-stained cells. Notably, the sum projection of the
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denoised image stack has also a significantly higher PSNR than the sum projection of

the raw imagestack. It has tobeadded that calculationofPSNRisa relativemeasureof

restoration quality, since it is only valid within one image sequence [37]. Next, we

compared the effect of successive frame averaging on image quality in UV-WF

imaging, as described previously [137], with that in MP microscopy of DHE, the

latter without or with a denoising post-processing step (Fig. 2h). As reference image,

we chose the average over all frames, for both the acquired bleach-corrected UV-WF

stack (n ¼ 28) and the MP sequences (n ¼ 71 using the same sequence).

Intentionally, we chose the same image sequences as used previously allowing for

direct comparison of image improvement by denoising [137].While a single acquisi-

tionbyMPmicroscopywithout denoisingwas of very lowquality (PSNR~8), PURE-

LET denoising of the same image sequence gave a PSNR of 22.4 already in the first

acquisition (compare closed and open circles in Fig. 2h). For comparison, in case of

UV-WFmicroscopy ofDHEcombinedwith pixel-wise bleach rate fitting and correc-

tion, already the first acquisition gives a PSNR ¼ 34.165, while averaging of 25

bleach-corrected frames resulted in image quality exceeding that of the acquired raw

MP sequences (Fig. 2h and [137]). The PSNRof total averaged bleach-correctedUV-

WF and denoised MP image sequence was comparable (PSNR ¼ 60.57 for UV-WF

vs. PSNR ¼ 59.91 for denoisedMP sequence; see last data point, triangles, and open

circles in Fig. 2h, respectively). Together, this analysis underlines the significant

image improvement of DHE MP imaging brought by the PURE-LET denoising

approach.

3.6 Tracking of Sterol Vesicles and Filopodia After Denoising
of Multiphoton DHE Image Series

Tracking of intracellular vesicles requires unequivocal identification of the fluores-

cent particles against a relative homogenous background. Without any post-

processing, single-frame acquisitions, as shown in Fig. 2a (upper row), are of too

low SNR to allow for tracking vesicle positions. Thus, denoising is an essential step

to identify and track sterol vesicles in successive frames. Comparing the perfor-

mance of Gaussian and median-filtering with the PURE-LET denoising algorithm,

we found that only the latter approach greatly improves the SNR in individual

frames of an image stack, while preserving the vesicle pattern in the cells. This was

not found for Gauss-filtering the data or with median-filtering the image sequence,

where increasing the variance of the filter caused disruption of the specific image

features (Fig. 3). Thus, PURE-LET image denoising is unique in its ability to

highlight vesicular sterol patterns in the presence of high noise levels. This allowed

us to track DHE-containing vesicles in CHO cells with high accuracy and to

determine their dynamic properties with a time resolution of four seconds (which

is given by the frame rate of the recorded time-lapse sequence). Tracking attempts

of Gauss- or median-filtered image sequences looking like the examples in Fig. 3
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were unsuccessful due to high incidence of false-linking particles in consecutive

frames (not shown). A kymograph presented in Fig. 4a shows part of a cell where

the red and green traces visualize the path of two different vesicles in the x- (lower
frame) and y-direction (right frame) of a PURE-LET denoised image stack as a

function of time. The mobility of the vesicles is low, and visual inspection of the

cells indicates a highly hindered diffusion. In total, 18 vesicles were tracked over 30

to 60 frames using a dynamic programming routine, and the MSD for each

trajectory was calculated [139]. Fitting a straight line to the first few points of the

MSD is a standard way of obtaining diffusion constants. Doing this for the DHE-

containing vesicles revealed a broad distribution of diffusion constants ranging

from 3.0 � 10–5 to 5.8 � 10–4 mm2/s with an average of 1.6 � 10–4 � 1.4 �
10�4 mm2/s. Alternatively, an average MSD can be calculated for all trajec-

tories, as shown in Fig. 4b (symbols ¼ mean � one standard error; line ¼ fit of

MSD(t)¼4Dt to initial displacement). The average MSD deviates downwards from

a straight line, which is indicative of anomalous subdiffusion, in complete accor-

dance with our previous experiments using UV-WF vesicle tracking (see above

and Wüstner and Færgeman [139]). It has to be emphasized that our approach

allows only for tracking sterol vesicles containing significant amounts of DHE

with comparable mean intensity as in the plasma membrane. Accordingly, we

Fig. 3 Comparison of PURE-LET denoising with Gaussian filtering. The first five frames of a

recorded MP time-lapse sequence of DHE-stained CHO cells are shown as raw data (upper row,
“Raw”), after applying Gaussian filtering using tools in ImageJ with increasing variance from

s ¼ 0.7 (“Gauss, s ¼ 0.7”), s ¼ 1.4 (“Gauss, s ¼ 1.7”) to s ¼ 2.1 (“Gauss, s ¼ 2.1”) or after

PURE-LET multiframe denoising (lowest row, “PURE”). Images are shown with identical inten-

sity scaling in a FIRE LUT. Bar, 15 mm
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cannot rule out the existence of much more mobile sterol vesicles in living cells

which contain too little DHE to be detected by our approach. This is actually

indicated by long-term tracking of another cholesterol probe, BChol, in our most

recent study [71].

By PURE-LET denoising of MP images of DHE-stained cells, we can visualize

small sterol-containing cell protrusions covering the whole-cell surface. Moreover,

we are able to assess the dynamics of those protrusions, since individual denoised

frames are of high quality. This is demonstrated for a small region of another cell,

where a tiny membrane protrusion retracts over a time course of about 25 s

(Fig. 4c). This conclusion could not have been inferred from the corresponding

raw data set, since the surface structure can hardly be discerned in those images (not

shown, but see Fig. 2). From published MP images of the weakly fluorescent DHE

with comparable low quality to our single-frame images, the existence of sterol-rich

domains in the plasma membrane has been postulated [150]. By applying advanced

denoising routines to DHE time-lapse images, we can clearly infer that this

Fig. 4 Tracking of DHE-containing vesicles and filopodia in denoised MP sequences. Chinese

hamster ovarian (CHO) cells were labeled with DHE from a cyclodextrin complex for 1 min at

37 �C, washed with buffer medium and chased for 30 min at 37 �C. Cells were imaged on a home-

built MP microscope with an excitation wavelength of 930 nm and a pixel dwell time of 50 ms. (a)
upper left panel, first denoised frame of the sequence (x, y-view in gray scale) with two vesicles

tracked over 50 frames (green and red cross); lower left panel, kymograph (x, t-plot) and right
panel, kymograph (y, t-plot) as color overlay with upper vesicle in green and lower vesicle in red

(corresponding to the green and red cross, respectively). (b) Average mean square displacement of

all 18 tracked vesicle trajectories (symbols ¼ mean, error bars ¼ SEM). A fit of the initial linear

phase of the MSD until 30 s to a straight line in red is also shown. (c) Selected region of another

cell labeled, imaged and denoised identically shows dynamic retraction of a surface protrusion

over a distance of approximately 500 nm in about 25 s (arrows; frame rate is 4 s). See text for

further information
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apparently heterogeneous staining pattern is caused by small DHE-containing

surface protrusions, which constantly change their shape and appearance. Sub-

resolution membrane folds result in more DHE intensity per pixel, which can be

misinterpreted as lateral sterol domains in a flat 2D plane. This insight was made

possible with our new integrated MP denoising approach and supports our earlier

spatiotemporal studies of DHE in murine J774 macrophages using UV-WF imaging

combined with statistical correlation and wavelet analysis of fluorescence

fluctuations [133, 139]. In fact, even in cholesterol-loaded J774 cells, where cell

ruffling is strongly increased and much more sterol is in the cell membrane, DHE

did not form separate domains. Staining patterns followed exactly the rough surface

topography, while DHE was homogeneously distributed in cell blebs at room

temperature [134]. Thus, two different imaging modalities, multicolor UV-WF

imaging combined with deconvolution and MP denoising microscopy of DHE,

converge to the same view that the sterol distribution in the plasma membrane is

homogeneous, at least at the level of the light microscope, and apparent heteroge-

neity is a consequence of cell surface ruffling.

4 Conclusions and Outlook

Analysis of intracellular cholesterol transport by quantitative fluorescence micros-

copy of sterol analogs has made large progress over the last decade. This is the

outcome of progress in various fields: fluorescence optics and detector technology,

computational image analysis, biophysical characterization of the properties of

sterol probes compared to cholesterol, as well as organic synthesis of new fluores-

cent cholesterol analogs. In this review, we have presented a particular improve-

ment for the first time, that is, how advanced denoising of MP image sequences

contributes to better imaging of DHE in living cells. It is not very likely that better

analogs of cholesterol than CTL and DHE will be developed, since any further

modification likely compromises the similarity to cholesterol. Further improvement

in fluorescence imaging of sterols must rather come from improved detectors and

even more optimization of optics and excitation schemes. To overcome the diffrac-

tion barrier and obtain insight into nanoscale sterol organization, resonance energy

transfer between fluorescent sterols and suitable acceptors might be explored in the

future [18, 57, 131]. Superresolution techniques like stimulated emission depletion

(STED) fluorescence nanoscopy become currently adapted to conventional

fluorophores, such that these methods might be useful for sterol imaging as well

[85, 123].
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Studying Membrane Properties Using

Fluorescence Lifetime Imaging Microscopy

(FLIM)

Martin T. Stöckl, Ranieri Bizzarri, and Vinod Subramaniam

Abstract Fluorescence lifetime imaging microscopy (FLIM) is a powerful tool to

investigate the structure and composition of biological membranes. A wide variety of

fluorescent probes suitable for FLIM experiments have been described. These

compounds differ strongly in the details of their incorporation into membranes and

in their responses toward changes in the membrane composition. In this chapter, we

discuss and compare different classes of fluorescent membranes probes and their

applications to studying biological membranes. We devote a section to a detailed

description of fluorescent molecular rotors and their application to measuring local

viscosity. As Förster resonance energy transfer (FRET) can be directly measured by

changes in the donor fluorescence lifetime, FLIM is a very robust method to deter-

mine the distances between FRET pairs or the local concentrations of FRET-based

membrane probes. Thus, we also discuss advantages and challenges of FRET-FLIM

in the context of biological membranes. As biological membranes are considerably

dynamic systems, imaging speed is often the limiting factor in biological FLIM

experiments. Thus, novel fast imaging approaches and analysis methods to alleviate

the issue of low photon statistics are also presented.
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Rotors
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1 Biological Membranes: A Short Introduction

Many cellular processes proceed in a localized fashion to allow for a fast and

flexible regulation. Hereby, biological membranes play an important role as they on

the one hand provide compartmentalization in cellular organelles and on the other

hand directly offer scaffolds for membrane proteins. Therefore, regulation and

signaling is often intimately associated with the structure and organization of

cellular membranes. The formation of segregated lipid domains enriching selected

lipid species and proteins is an especially important mechanism to form localized

signaling platforms. While the exact properties and persistence times of these so-

called lipid rafts is still under dispute, many lines of evidence suggest that they play

a pivotal role in the regulation of numerous processes at cellular membranes [1–4].

Identifying and characterizing these entities promise to yield novel insights into the

role of biological membranes in these processes. However, elucidating the impact

of different factors is laborious, as an intricate network of interactions between

different lipids and membrane proteins is involved. The lipid fraction alone

contributes hugely to the complexity with hundreds of different types of lipids,

which moreover are distributed heterogeneously, both laterally in the membrane

and across the two leaflets of the bilayers. Furthermore, cell organelles also show

specific lipid compositions, which may even vary within the organelle. In addition

to lipids, cellular membranes also contain a wide variety of proteins, like receptors,

channels, or peripheral membrane proteins. The organization of these proteins is

also partly determined by their preference for certain lipid species, which guide

them to specific membrane fractions. While for many peripheral membrane

proteins the impact of membrane anchors or binding sites interacting with lipid

head groups on the enrichment of the proteins in lipid domains or cellular traffick-

ing has been studied, in the case of integral membrane proteins, the identification of

the motifs driving their recruitment to distinct lipid domains remains elusive (for

detailed reviews, see [5–8]). However, not only do lipid domains orchestrate the

localization of membrane proteins, but the very presence of proteins in cellular

membranes influences the structure and organization of the bilayer. Hereby pre-

sumably, the recruitment of a protein into its preferred lipid domain stabilizes the

respective domain due to preferential interactions between the proteins and the

lipids [9]. Also the cytoskeleton, which interacts with membrane proteins, strongly
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influences the properties of cellular membranes. This can be clearly seen in the case

of giant plasma membrane vesicles (GPMVs), which consist of the lipids and

proteins of the plasma membrane, but do not contain the actin cortex. While

normally no large-scale separation of lipids into coexisting domains of micrometer

size can be observed in cells, this is indeed the case for GPMVs [10, 11]. Thus, it is

reasonable to conclude that, in cells, the membrane proteins together with the

cytoskeleton form obstacles and corrals which influence lipid diffusion and there-

fore impair lipid segregation on a large scale [12].

Exploring the knots and connections of this intertwined network and identifying

factors that regulate these interactions will promote our understanding of how cells

communicate and interact with their environment. In the following, we discuss how

fluorescence lifetime imaging microscopy (FLIM) approaches can contribute to

elucidating the structure of cellular membranes and/or their interplay with mem-

brane proteins.

2 FLIM: Advantages and Challenges

Fluorescence-based methods are ideally suited to study properties of biological

membranes and their associated protein networks. The high specificity of the

fluorescence signal and sensitivity of detection requires only minute amounts of

fluorescent probes, minimizing the impact of the probe on the behavior of the

system. The labeling technique used depends on the aim of the experiment. To

study the structure and composition of cellular membranes, lipophilic probes

that show a preferential enrichment into specific lipid domains can be used.

In this case, the spectral properties of the probes depend on their environment.

While the measurement of fluorescence spectra is straightforward in fluorescence

spectrometers, in fluorescence microscopy approaches, this is not always achiev-

able, due to the long exposure times required which lead concomitantly to increased

photobleaching. This issue is especially problematic when studying membranes, as

the fluorophores are localized in a strictly confined space, as opposed to being

continuously distributed over a larger area. As the properties of the local (nano or

micro) environment surrounding the probe most of the time also impact its fluores-

cence lifetime, FLIM offers a feasible approach to characterize membrane

properties. Since these techniques normally use low illumination powers and, in

the case of time-correlated single photon counting (TCSPC) techniques, the

lifetimes of single fluorophores are summed up, photobleaching merely limits the

available total photon count without affecting the measured lifetime. Interactions

between proteins, or of proteins with lipid domains, can be studied using

approaches relying on the transfer of energy between a donor and acceptor

fluorophore in close proximity due to Förster resonance energy transfer (FRET).

FRET is usually detected by measuring the fluorescence emission from the acceptor

fluorophore upon the excitation of the donor (sensitized emission). Although the

detection of FRET is relatively simple, the quantification of FRET by measuring the
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relative intensities of donor and acceptor is hindered by many factors. Here, mainly

the fluorescence stemming from directly excited acceptor fluorophores and the

likely inhomogeneous distribution of the interacting partners are worth mentioning.

Due to the nonradiative process of energy transfer from the donor to the acceptor

upon FRET, the FRET efficiency (E) is reflected in changes in the fluorescence

lifetime of the donor alone (t(D)) in comparison to the donor in the vicinity of an

acceptor (t(DA)) as in Eq. 1:

E ¼ 1� t DAð Þ=t Dð Þ (1)

Thus, determining the FRET efficiency requires only the measurement of the

donor fluorescence lifetime in the presence and absence of the acceptor. This

acceptor does not even have to be fluorescent, as it is sufficient that the acceptor

molecule shows dynamic quenching of the donor fluorophore.

Moreover, the information embedded into the fluorescence lifetime can be

utilized to characterize the structure of biological membranes. In order to determine

whether the fluorescent probes are homogeneously distributed or enriched locally,

for example in lipid domains, the fluorescence lifetimes can be analyzed, as local

changes in donor or acceptor concentration change the FRET efficiency [13].

Although the overall FRET efficiency can be measured using only the fluorescence

intensity, this is not feasible in inhomogeneous samples, as a measured FRET

efficiency of 0.3 can arise from a homogeneous population of probes with a transfer

efficiency of 0.3 or from a heterogeneous population showing fractions with

varying FRET efficiencies, where the linear combination of these fractions and

efficiencies averages to 0.3. Fluorescence lifetime measurements would, however,

reveal in the homogeneous case a single lifetime of t(DA) ¼ 0.7 * t(D), while for a
heterogeneous population, two or more fluorescence lifetimes would be observed.

Thus, the measurement of fluorescence lifetimes can yield additional informa-

tion about the environment, the interactions of the probed molecules, or the

composition of a population of molecules. However, as the determination of the

fluorescence lifetimes in either the time or frequency domain requires some time,

the acquisition of a single image can take up to a few minutes. This problem is

especially severe if accurate lifetimes of probes embedded in lipid membranes have

to be determined, as fewer pixels yielding the fluorescence signal in comparison to a

continuously distributed probe are available. Therefore, longer acquisition times

are required to achieve statistically sound data. This makes especially the direct

visualization of lipid domains and interactions of membrane proteins with each

other or with lipid domains by fluorescence lifetime contrast at least challenging, as

these entities show short persistence times and rapid diffusion when not linked to

the cytoskeleton or otherwise immobilized.

Furthermore, if fluorescent probes showing an environment-dependent behavior

are used to determine the organization of biological membranes, first, their behavior

has to be evaluated using well-defined model systems, which contain a defined lipid

composition and for which the physicochemical properties like charge, degree of

lipid order, or phase behavior, are known. Using these models, the basic properties
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of the probes, such as their response to changes in lipid composition, charge, and

degree of order, can be determined. Also their preferential enrichment into certain

lipid domains can be evaluated. However, care has to been taken to validate

whether the results obtained in these models are also applicable for biological

membranes; for instance, the differences in the degree of lipid order in model

systems showing a coexistence of liquid-disordered (ld) and liquid-ordered (lo)

domains are more pronounced than in biological membranes [14]. As an example,

this may lead to the effect that a probe is excluded from the cholesterol rich lo

domains in the model system due to the high degree of lipid order but is still found

to be associated with the lipid raft fraction in a biological system [14]. In this view,

GPMVs offer a better test bed, as in these vesicles, being directly derived from the

plasma membrane, the biological lipid composition is preserved. However, also for

this model system under certain conditions, a phase separation of different lipid

domains can be observed on the mm scale, which is not present in cellular

membranes [11]. At this point, the impact of the interaction between membrane

proteins and the cytoskeleton becomes evident.

In summary, FLIM is well suited to characterize and visualize the localized

interaction of fluorescently labeled interaction partners, as the fluorescence lifetime

of the donor does not only yields information about the FRET efficiencies but also

in principle reveals inhomogeneities below the optical resolution manifested as the

occurrence of multiple lifetime components. Using fluorescent probes whose fluo-

rescence lifetimes are sensitive to their environment, FLIM can also be used to

spatially resolve the structure and composition of biological membranes. The

challenge of using this approach, however, is that a thorough characterization and

understanding of the properties of the probe are needed. In the following sections,

approaches to study the structure of biological membranes as well as methods to

evaluate lifetime data will be discussed in more detail.

3 Membrane Structure and Composition:

Environment-Sensitive Probes

The fluorescence lifetime of a fluorescent molecule reflects the persistence of the

excited state of the fluorophore, which depends on the rates at which it returns to the

ground state. Thereby, the energy is lost by the emission of a photon as fluorescence,

converted internally to heat or transferred in nonradiative processes to a surrounding

molecule. This explains the shortening of the donor lifetime in the presence of a

FRET acceptor or dynamic quencher, as these molecules can take up the energy of

the excited state and therefore offer an additional route for de-excitation. In addition,

the surrounding environment can influence the energy levels of ground and excited

states and therefore their stability, for instance, by the formation of hydrogen bonds or

dipolar interactions. Moreover, the physicochemical properties of the milieu like

viscosity or polarity may influence the specific fluorescence lifetime of a fluorophore.

Thus, the fluorescence lifetime of a fluorophore contains information about the lipid
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environment in which the probe is embedded, since different lipid domains have a

specific composition and therefore varying physicochemical properties, like local

charge or degree of lipid order. The characterization of the behavior of a probe to

such changes in the environment has to be determined in initial experiments using

model membranes with known properties. Using this approach, the fluorescence

lifetimes typical for certain lipid phases and compositions can be measured, which

allows the identification of analogous lipid domains in biological membranes. As

this approach, unlike the detection of lipid domains by differences in the fluores-

cence intensity, does not depend on the preferential enrichment of the probe in a

specific lipid environment, the detailed distribution behavior of the probe does not

need to be determined using model systems, avoiding the pitfall of erroneous

assignments of localizations due to a deviating distribution of the probe in the

biological membrane compared to the model system. Moreover, in principle, a

detection of lipid domains even below the resolution limit of optical microscopy

should be possible, due to their characteristic lifetimes. For comparison, alterna-

tively, the combination of fluorescence correlation spectroscopy with stimulated

emission depletion (STED-FCS) is a powerful tool to study the structure of

biological membranes. Using this method allowed for the identification of mem-

brane regions in which fluorescent probes become entrapped over short periods of

time [15, 16].

3.1 “Classical” Membrane Probes

The probes suitable for these types of experiments can be grouped into different

classes according to their chemical structure. These compounds have in common a

more or less pronounced hydrophobic moiety responsible for the integration of the

probe into the hydrophobic core of the lipid bilayer. While some of the probes are

derived from components present in biological membranes like cholesterol or

lipids, chemically unrelated probes can also be used. An overview of probes and

labeling of cells can be found in [17].

While the sterol moiety of cholesterol is ideally suited to embed into lipid

bilayers due to its extensive hydrophobic ring system, this property also hinders

the use of sterol analogues in the labeling of biological membranes, as the

compounds normally are not readily soluble in aqueous solutions. Thus, the label-

ing of biological membranes often requires the use of a complex-forming sub-

stance like methyl-b-cyclodextrin (MbCD) which is able to bind sterols into its

cavity. However, caution has to be exercised, as MbCD has also the ability to

extract cholesterol from the plasma membrane of cells. As cholesterol is decisively

involved in the formation of lipid rafts, a reduced cholesterol concentration may

fundamentally change the structure of cellular membranes and impair the function

of these signaling platforms. Moreover, while cholesterol itself packs well with

saturated lipids and therefore is enriched in raft domains, the introduction of a

fluorophore to form a fluorescent lipid probe adds a bulky moiety, which normally

prevents enrichment in well-ordered lipid domains. This drawback can be clearly
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seen for NBD-labeled cholesterol derivatives that are excluded from lo domains. A

BODIPY-labeled cholesterol compound which is able to embed also in such

domains, depending on the chain length of the sphingomyelin used, has been

described [18]. However, the lifetime difference of the compound localized in an

ld or lo domain is quite small [19]. This point is reflected by the observation that the

probe shows indistinguishable fluorescence lifetimes when incorporated in the

plasma membrane or in lipid droplets [20]. In addition to these probes containing

an added fluorescent moiety, also dihydroergosterol and cholestatrienol, which are

intrinsically fluorescent due to the presence of three conjugated double bonds in the

sterol ring system, are used to study the distribution of cholesterol in cells, as they

faithfully reproduce the behavior of native cholesterol. However, due to their very

low photostability and excitation wavelength in the UV, they have not been used for

FLIM applications yet. For a detailed overview describing the properties of fluo-

rescent sterol derivatives, see [21].

The most abundant building blocks of cellular membranes are phospholipids;

thus, it can be construed that they offer a good basic structure for fluorescent probes

for their characterization. Their main advantage is that using different acyl chains

and head groups, their properties can be tailored to match the requirements of an

experiment. In principle, lipids that bear the fluorophore at the head group embed

into the bilayer with minimal impact on lipid packing. However, these lipids

normally show a lower solubility in aqueous solutions. Additionally, the greater

flexibility of the fluorophore may impair its sensitivity for the properties of the lipid

bilayer. Nevertheless N-rhodamine-dioleoylphosphatidylethanolamine (N-Rho-
DOPE) has been used to identify and characterize different lipid phases in lipid

vesicles. For ld and gel domains, lifetimes of about 2.6–2.7 ns and for lo domains

shorter lifetimes of about 1.8 ns were observed. Also changes in membrane fluidity

or degree of lipid ordering, for example, caused by different fractions of cholesterol

were reflected in the fluorescence lifetime of the probe [22]. In the second class of

phospholipid-derived fluorescent probes, one of the fatty acids is exchanged for a

fluorescent moiety. Thus, the fluorophore is embedded into the lipid bilayer or at the

tightly packed interface between membrane and aqueous environment. This posi-

tioning is ideal to sense changes in lipid packing. In addition, the exchange of a

hydrophobic acyl chain against a more polar structure can enhance the solubility of

the probe, while retaining the preference for an enrichment into lipid bilayers, a

property which facilitates the labeling of biological specimens. The bulky

fluorophore however in all known cases excludes the localization of such probes

to well-ordered lo or gel domains. For experiments, different BODIPY- or NBD-

labeled phospholipid variants are commercially available.

BODIPY-PC embedded in GUVs composed of DOPC and DPPC showing a

coexistence of ld and gel phases exhibits specific average fluorescence lifetimes of

5.2 and 3.8 ns, respectively [23]. Due to this sensitivity toward the degree of lipid

order, the probe should also be usable to study the structure of biological

membranes. Recently a BODIPY variant has been described whose lifetime is

dependent on its subcellular localization [24]. Although the fluorescence lifetimes

of the fluorescent lipid analogues N-Rho-DOPE and BODIPY-PC are sensitive to
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changes in the properties of lipid bilayers, the differences for different lipid phases

are relatively small, even for model systems with clearly distinguished lipid

domains. For biological membranes, however, a much more complex composition

can be expected. Due to the high number of different lipids present, unlike in model

systems, not only two or three well-defined lipid phases coexist, but it is likely that

biological membranes contain a variety of lipid domains with similar properties.

Thus, the differences in the fluorescence lifetimes for different lipid environments

would be much less pronounced, which makes the identification of specific domains

difficult. Therefore, a strong dependence of the fluorescence lifetime on the lipid

environment would be desirable. This criterion is met by the fluorescent lipid

analogue C6-NBD-PC. Embedded in lipid bilayers in GUV model systems, the

probe showed characteristic lifetimes of about 7 ns for ld and 12 ns for lo lipid

phases (Fig. 1a) [25]. The large difference between the specific fluorescence

lifetimes should enable the probe to detect lipid domains which cannot be resolved

by a differential fluorescence intensity, due to small size or similar fluorescence

intensities. In fact, for GUVs prepared from lipid mixtures for which the coexis-

tence of ld and lo lipid phases can be safely assumed from previous experiments,

despite showing a homogeneous distribution of C6-NBD-PC on the scale of optical

microscopy, the typical fluorescence lifetimes for the lipid phases can be recovered.

Applying this approach to GPMVs, no coexistence of lipid domains with differing

fluorescence intensities could be observed. Yet, the FLIM images revealed the

coexistence of mm-sized lipid domains with different average fluorescence

lifetimes. However, the corresponding fluorescence lifetime histogram showed a

single broad distribution of fluorescence lifetimes. Separate data analysis of regions

of interest containing only one of the domains yielded fluorescence lifetimes of

about 6.7 and 9.7 ns (Fig. 1b) [25]. The difference between the fluorescence

lifetimes is therefore much smaller than in the model system with well-defined ld

and lo lipid phases. Accordingly in the lifetime histogram, no separate distributions

are observed, as the contributions from both lifetimes strongly overlap and give rise

to a single broader distribution. In line with the lack of contrast in fluorescence

intensity, this suggests that properties of the lipid domains in the GPMVs exhibiting

physiological lipid compositions are much more similar than those observed in

GUVs prepared from simple three-component lipid mixtures. This observation

renders the above-mentioned approach to detect domains below the optical resolu-

tion inapplicable for biological systems. Indeed, the fluorescence histograms

recorded for the plasma membrane of cells labeled with C6-NBD-PC showed a

very broad distribution of lifetimes centered around 11 ns but also including

lifetimes longer than those observed for pure lo phases (Fig. 1c). This suggests

that the plasma membrane of cells is composed of a variety of lipid domains with

differing properties and an overall high degree of lipid order. As the fluorescence

lifetimes are substantially longer than those found for GPMVs, it becomes apparent

that the interactions between membrane proteins and the underlying cytoskeleton

have a strong impact on the properties of the plasma membrane. With the fluores-

cence lifetimes reflecting the properties of the surrounding environment, changes in

lipid composition and structure of the lipid bilayer should have an impact on the

222 M.T. Stöckl et al.



average fluorescence lifetimes. In this view, the lowering of the cholesterol fraction

in the plasma membrane of Hela cells, due to incubation with MbCD, a cholesterol
extracting compound, shifted the lifetimes recorded in the lifetime histogram to

Fig. 1 Fluorescence lifetime distributions for C6-NBD-PC embedded in different lipid bilayer

systems. The left column shows FLIM images using a pseudo-color scale based on the average

fluorescence lifetime of C6-NBD-PC. Normalized lifetime histograms are shown in the right
column. While for both GUV (DOPC/18:0-SM/Chol ¼ 1/1/1 (a)) and GPMV (b) systems, a

coexistence of liquid-disordered (ld) and liquid-ordered (lo) domains can be seen in the FLIM

images, distinct lifetimes for the two phases in the total histograms can be only distinguished for the

GUVs. Yet, separate analysis of ld and lo domains also yields different lifetimes in GPMV systems;

however, the individual distributions overlap in the total lifetime histogram (b). The fluorescence

lifetimes of C6-NBD-PC show a broad distribution of relatively long lifetimes when embedded in

the plasma membrane of HepG2-cells (c), which suggests that the probe senses a heterogeneous

environment with a relatively high degree of lipid order. For experimental details, refer to [25]
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slightly shorter values. This observation can likely be attributed to the disruption of

lipid rafts, therefore embedding the C6-NBD-PC in an environment with a lower

degree of lipid order [25]. Using this approach, also structural rearrangements in the

plasma membrane of Jurkat cells induced by cross-linking of the CD3 receptors or

incubation with sphingomyelinase could be detected [26]. Although under these

conditions well-ordered lipid domains, either due to the stabilization of lipid rafts or

the formation of ceramides, should form, on average the fluorescence lifetime of

C6-NBD-PC became shorter which is indicative of a more disordered lipid envi-

ronment. Keeping in mind that the probe is equally distributed between domains

with a different degree of lipid order in biological membranes (e.g., GPMVs), while

it is mostly excluded from the well-ordered lo domains in model membranes,

inducing such lipid domains would lead to the redistribution of C6-NBD-PC into

lipid domains with a lower degree of lipid order, therefore causing the shorter

lifetimes. These experiments clearly demonstrate that not only the correlation of

membrane properties with fluorescence lifetimes but also a possible redistribution

of the probe into different lipid domains has to be taken into account when

evaluating fluorescence lifetime data.

In conclusion, fluorescent lipid analogues labeled with a NBD fluorophore at an

acyl chain are well suited to study membrane properties in biological systems, as

the probes are readily soluble in aqueous solutions and exhibit long fluorescence

lifetimes which are very sensitive to the degree of lipid order. However, their low

photostability limits the total yield of photons in TCSPC experiments and hinders

long-term measurements.

Apart from fluorescent probes based on physiologically occurring components

of biological membranes (cholesterol and phospholipids), also compounds with a

differing chemical structure, which preferentially enrich in the hydrophobic bilayer,

can be used. Prominent examples are derivatives of diphenylhexatriene (DPH). As

DPH shows a very strong hydrophobicity, it embeds into the core of lipid bilayers

where it is oriented in a parallel fashion along the acyl chains of the lipids.

Therefore, the polarization of fluorescence is a strong indicator for the mobility

and orientation of the probe and is directly related to the degree of lipid order.

Additionally, such properties of the lipid bilayer are also reflected in the fluores-

cence lifetime. Combining both approaches, a DPH derivative has been used to

analyze the structure and properties of model lipid systems using GUVs [27]. In

DOPC/cholesterol mixtures in a ld phase, the ordering impact of cholesterol

became apparent, leading to a stronger fluorescence polarization and a longer

fluorescence lifetime. Similar behavior was observed for sphingomyelin/choles-

terol mixtures in the lo phase, albeit the fluorescence lifetime values were consis-

tently higher due to the higher degree of order. For coexisting lipid phases in ternary

mixtures, the fluorescence lifetime and polarization were independently deter-

mined. The deviation from the values measured for the binary systems clearly

shows that the lipids do not demix entirely but are only enriched with specific

fractions in the respective domains.

Also, for an amphipathic perylene imide compound lipid domain-specific

lifetimes have been determined in a model system, yielding values of 4.4 ns for
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the ld and 6.0 ns for the lo phase [28]. This probe also has been applied to analyze

structural rearrangements of lipids in the plasma membrane of Jurkat cells. For the

fluorescence lifetime, a value of 5.4 ns for untreated cells was measured. In line

with our experiments using C6-NBD-PC, this value is indicative for the presence of

a high degree of lipid order in the plasma membrane. In addition, also receptor

cross-linking and cholesterol extraction by MbCD lead to shorter fluorescence

lifetimes of 5.1 and 4.3 ns, respectively. This type of probe shows the additional

advantage that the fluorophore can be modified to produce probes with different

spectral characteristics [29].

A further membrane probe applicable in FLIM is di-4-ANEPPDHQ, a fluorescent

compound that was initially used to measure the transmembrane potential [30]. In

model lipid bilayers, the probe does not only show a shift in fluorescence emission

with maxima of about 560 nm in a ld DOPC environment to about 620 nm for a lo

phase (DPPC/chol ¼ 7/3) but also exhibits lipid phase-specific fluorescence lifetimes

of 1.9 ns (DOPC) and 3.5 ns (PSM/chol ¼ 7/3) [31, 32]. This property allowed the

identification of lipid domains showing different fluorescence lifetimes in the plasma

membrane of HEK293-cells, which were not apparent using an intensity-based

ratiometric approach. A depletion of cholesterol by MbCD or an increase in temper-

ature, concordant with the disruption of well-ordered lipid rafts, caused a shorter

lifetime component to appear. The correlation of a reduced cholesterol fraction due to

MbCD treatment with shorter fluorescence lifetimes of di-4-ANEPPDHQ has also

been shown for COS-cells [33]. trans-Parinaric acid can also be used to study the

structure of biological membranes. This probe has the striking property that it shows a

wide range of fluorescence lifetimes dependent on its environment [17].

A novel class of fluorophores to study the structure of lipid membranes has been

recently described. Hydrophobic ruthenium complexes have been used to label

cells and characterize the structure of the membrane using FLIM. These compounds

are of great interest as their uptake into cells, where they enrich at cellular

membranes, can be triggered by laser illumination [34]. Embedded into lipid

bilayers, the compounds show very long luminescence lifetimes of about 100 ns,

which depend on their environment [35, 36]. Moreover, also for gold nanoclusters

coated with the lipohilic dihydrolipoic acid, an enrichment into cellular membranes

has been described. These particles display environment-sensitive lifetimes with

distributions around 440 ns in aqueous solution, around 660 ns in intracellular

compartments, or 720 ns at the plasma membrane [37]. To study structural rear-

rangement of lipid domains and the IgE receptor in the plasma membrane of RBL-

mast cells upon cross-linking of activated receptors, the cells were labeled with

fluorescent IgE (AlexaFluor488-IgE) and the raft marker diI-C18. Upon cross-

linking, the receptors clustered in distinct patches which were also rich in diI-C18

[38, 39]. In comparison to the untreated cells, for both fluorescent probes, longer

fluorescence lifetimes and stronger anisotropy of fluorescence originating from

these clusters, indicative for an increased degree of lipid order, were observed.

Strikingly, the changed membrane properties were not only reported by the mem-

brane embedded diI-C18 but also had an impact on the fluorescence emission of the

labeled IgE bound at the receptor.
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3.2 Viscosity-Sensitive Probes: Fluorescent Molecular Rotors

Viscosity is one of the most relevant environmental properties that affect cell

function. This importance stems from the specific role of viscosity in determining

molecular diffusion rates in condensed media. Changes in mobility of chemicals

within the cell influence fundamental processes such as signaling, intracellular

transport, and the efficiency of bimolecular processes governed by diffusion of

short-lived intermediates [40]. Owing to its large-scale molecular order, the

cell plasma membrane has intrinsically high viscosity; values as high as 217 cP

(water ¼ 0.8–1 cP) have been measured [41]. Yet, membrane viscosity is concom-

itantly a measure of local order and a powerful modulator of the activity of

membrane proteins such as receptors and ionic channels [42]. Alterations in cell

membrane microviscosity have been linked to atherosclerosis [43], infarction [44],

diabetes [45], Alzheimer’s disease [46], and aging [47].

The remarkable role played by viscosity on cell functions (particularly at

membrane level) has prompted in recent years the development of indicators that

can nondestructively report on local viscosity at high spatial resolution in living

specimens. Fluorescent molecular rotors (FMRs) are a class of fluorescent probes

that appear particularly suitable for this challenging goal. Structurally, FMRs

comprise two subunits that can rotate relative to each other around a single atomic

bond. In most cases, FMRs display a common photophysical behavior that is

pictorially expressed by the Jablonski diagram of Fig. 2 [48]. In the ground state,

a FMR exists in a (nearly) planar conformation; photon absorption leads to an

excited state that retains the same (nearly) planar conformation on account of the

Franck-Condon principle. This Franck-Condon state is named locally excited state

(LE). From LE, the FMR can decay back to ground state by three different

pathways (Fig. 2). Two pathways entail the direct conversion of LE to the ground

state, either by emission (rate constant kr(LE)) or by nonradiative thermal conversion

(rate constant knr(LE)). The third one entails the initial conversion of LE to give a

twisted excited state (TS) at lower energy than LE (rate constant krot); TS is

characterized by conformational distortion of the two FMR subunits from the

planar state. Then, very fast nonradiative conversion of the twisted excited state

to ground state ensues (rate constant kd(TS) » krot). In some peculiar cases, also the

twisted state is emissive (e.g., 1,4-dimethylamino benzonitrile or DMABN),

although these molecules display a complex photophysical behavior (strong depen-

dence of emission on environmental polarity) that hampers their use as efficient

viscosity sensors [49].

The viscosity sensitivity of FMRs comes from the notable sensitivity of krot to

local viscosity Z(x,y,z). Indeed, the kinetics of internal rotation (i.e., the rotation

energy barrier) is strongly modulated by the viscous drag exerted by the nearby

solvent molecules. Under the experimentally verified assumption that the twisting

pathway is the dominant nonradiative pathway, that is. krot » knr(LE), and consider-

ing kr(LE) independent of viscosity, the relationship between fluorescence quantum
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yield (F) or lifetime (t) and local viscosity can be shown to be reasonably expressed
by the Förster-Hoffmann equation [48, 50]:

lnðFÞ ¼ Aþ x lnð�Þ
lnðtÞ ¼ A0 þ x lnð�Þ (2)

where A(A0) and x are solvent and dye-dependent parameters. The x parameter

expresses the sensitivity of FMR to viscosity changes; the original Förster-

Hoffmann theory sets x ¼ 2/3, but experimental measurements showed values

from 0.3 to 0.9 [51]. This relationship has been experimentally shown to be valid

in a wide range of viscosities and in both polar and nonpolar fluids, although some

deviations were sometimes described for the low-viscosity regime.

In many cases, FMRs are characterized by an electron donating subunit (EDG)

conjugated, through a polyenic and/or aromatic spacer (p), to an electron accepting

Fig. 2 Jablonski diagram for fluorescent molecular rotors. According to the Franck-Condon

principle, upon excitation, the molecules transition from the ground state to the planar locally

excited state, which decays radiatively (kr(LE)) or nonradiatively (kd(LE)) to the ground state.

Additionally, a transition to a lower energy twisted state is possible; this state only decays

nonradiatively (kd(TS)). As fluorescence photons are only emitted from the locally excited state

and the transition rate from the planar to the twisted state (krot(Z)) is dependent on the viscosity of

the environment, the local viscosity can be derived frommeasurements of the fluorescence lifetime

of the molecular rotor
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group (EWG). The twisted state of these FMRs has usually a strong charge-transfer

character, referred to as twisted intramolecular charge-transfer (TICT) state.

Accordingly, we can group these FMRs in the TICT-FMR family. Owing to its

strong polar character, the energy of TICT states is usually much lower in polar

solvents than in apolar ones. This leads to the dependence of F and t on solvent

polarity through the parameters A(A0) and x of the Forster-Hoffmann equation [49].

Several FMRs have been applied to probe local viscosity in the cellular context.

Aniline nitriles, p-(dialkylamino)benzylidene malonitriles, and stilbenes represent

well-known classes of TICT-FMRs for cell imaging. 9-(dicyanovinyl)-julolidine

(DCVJ) was applied to monitor changes in membrane viscosity in endothelial cells

induced by external fluid shear stress, in view of elucidating the subtle role of the

cell membrane in mechanotransduction [52]. Note that shear stress due to blood

flow has a critical role in determining the (patho)physiology of vascular endothelial

cells [53]. The same group that pioneered the use of FMRs for monitoring shear

stress-induced alterations of membrane viscosity described later an improved

toolbox of membrane-targeted FMRs constituted by analogues of DCVJ where
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Fig. 3 Chemical structures of molecular rotors. 1: 1,4-dimethylamino benzonitrile (DMABN)

[48]; 2: 9-(dicyanovinyl)-julolidine (DCVJ) [48]; 3: alkyl-(2-carboxy-2-cyanovinyl)-julolidine

[54]; 4: farnesyl-(2-carboxy-2-cyanovinyl)-julolidine (FCVJ) [54, 55]; 5: 4,40-difluoro-4-bora-
3a,4a- diaza-s-indacene [61]
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one of the nitrile functionalities had been replaced by an alkyl carboxyester [54].

Among these compounds, the most promising probe for reporting on membrane

viscosity was represented by (2-carboxy-2-cyanovinyl)-julolidine farnesyl ester

(FCVJ). Indeed, FCVJ was shown to provide reliable and sensitive measurements

of viscosity changes in both model [55] and cellular membranes [54]. These authors

pursued cell membrane targeting of TICT-FMR by conjugating the julolidine

system to either one hydrophobic chain or the polar head of a phospholipid.

Notably, conjugation of the FMR to the polar head of the phospholipid decreased

the viscosity sensitivity of the final probe, indicating the existence of specific

interactions between the phospholipid scaffold and the FMR unit that decrease

the effect of external viscous drag on TICT state formation [56].

In spite of these compelling results, most TICT-FMRs are characterized by

several drawbacks that hamper their use as reporters of intracellular viscosity at

high spatial resolution. In some cases, the sensitivity to viscosity is critically

dependent on environmental polarity, preventing a universal calibration following

Eq. 2 [49, 51]. Yet, the most severe problem associated to TICT-FMR probes is their

failure to generate a fluorescent intensity-based signal independent of the local probe

concentration, the latter being a quantity that cannot be controlled in the cellular

context [50]. This prevents the determination of a spatially resolved viscosity map of

the biological system under study. This issue has been addressed by conjugating a

second, viscosity-independent, fluorescent unit to a classical FMR unit, making the

overall system suitable for ratiometric recording [48, 57]. Ratiometric FMRs have

been applied to monitor viscosity in liposome membranes [58]. This approach is

synthetically demanding and increases the structural complexity of the fluorescent

probe, possibly complicating some applications at the cellular level. A more elegant

way to tackle this issue is to make use of either dual emission FMRs [59, 60] or to

monitor viscosity by FLIM [61]. Interestingly, both approaches have been applied to

FMRs whose twisted state is not characterized by a strong charge-transfer character

such as some substituted boron dipyrromethene (BODIPY) derivatives and porphy-

rin dimers. In spite of these interesting results, to our knowledge, none of these

systems has been selectively targeted to cell membranes yet.

4 Membrane Structure and Protein Interactions: FRET-FLIM

Using FLIM to characterize the structure and composition of biological membranes

is based on the sensitivity of the fluorescence lifetime of the fluorophore to the

surrounding environment. Determining the lifetimes specific for different lipid

phases allows their identification in biological membranes. Due to the complex

composition of biological membranes, this approach requires a large enough

difference in the domain-specific fluorescence lifetimes and a thorough characteri-

zation of the correlation of the fluorescence lifetimes with the properties of the lipid

bilayers, like degree of lipid order or fraction of charged lipids. Additionally, a

differential localization of a probe between model and biological membrane may
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influence the apparent fluorescence lifetimes. As the properties of the lipid domains

constituting biological membranes are not known, the behavior of the probes

ultimately cannot be predicted, which hampers the analysis of the measured

lifetime distributions. This challenge can be alleviated using an approach that is

based on the transmission of energy by FRET between two probes with similar, well-

defined lipid association behavior. Assuming that both probes would preferentially

enrich in the same lipid domains due to similar properties, structural rearrangements

which would induce such domains would increase the local concentration of both

probes; therefore, the shorter average interprobe distance would increase the overall

FRET efficiency, which becomes apparent in a shorter lifetime of the donor.

Likewise, a disruption of such domains would lead to a decreased FRET efficiency.

Yet, it has to be taken into account that changes in the properties of lipid domains,

due to a changed composition or interaction with cellular proteins which change the

degree of lipid order, can induce the loss of the preferential enrichment of one or

both probes to that domain, also decreasing the observed FRET efficiency, although

the original domains are still present. While changes in FRET efficiency can be

directly related to the formation or disruption of lipid domains if the probes prefer-

entially enrich and the domains are large enough to be resolved in the intensity

images, this information is not available if structural rearrangements do not lead to

the formation of such lipid domains. In any case, the presence of a FRET signal

reliably indicates that two probes are in close proximity to each other.

The major advantage of FRET-based approaches is that the choice of

fluorophores is not limited by the necessity that the lifetime of the fluorescent

probe has to be sensitive to the different lipid phases. This allows for a wide

spectrum of fluorescent molecules to be used, including but not limited to fluores-

cently-labeled lipids or hydrophobic molecules which embed into the lipid bilayer:

fluorophores attached to various kinds of membrane anchors, for example, a GPI

anchor; short peptides modified with hydrophobic moieties or transmembrane

domains; and whole proteins being fluorescent due to a fusion with a fluorescent

protein or due to interactions with an effector (e.g., fluorescent ligand or antibody).

For many of these probes, the preferential enrichment has already been

characterized, at least in GUV or GPMV model systems [11, 62, 63].

Such an approach was used to identify the interaction sites of cellular actin with

the plasma membrane [64]. To this end, GFP-actin was coexpressed in mouse B16-

F1 melanoma cells with RFP fused to protein domains which specifically recognize

lipid domains rich in PIP2 or PIP3. PIP2 and PIP3 respectively preferentially enrich

in less (H-Ras; farnesylation) or more ordered (neuromodulin, palmitoylation)

microdomains. The local interaction of the GFP-actin with these fusion proteins

was indicated by a shorter GFP fluorescence lifetime. These experiments suggest

that the cortical actin is most intensively interacting with the plasma membrane at

sites rich in PIP3. This approach is also applicable if one of the interaction partners

is not a fluorescent protein, as has been shown in a study using the probe diI-C18,

which preferentially enriches in more ordered lipid domains, to show that the IgE-

receptor (FceRI) labeled with fluorescent antibodies preferentially enriches in

cholesterol rich lipid domains [38].
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In a similar fashion, in order to study the budding sites of the influenza virus,

CHO cells coexpressing fusion proteins of YFP linked to transmembrane domains

of influenza hemagglutinin (HA) and CFP fused with a peptide containing a GPI

anchor, which preferentially enriches in lipid rafts, were used. The reduction of the

CFP fluorescence lifetime due to FRET indicates that the HA transmembrane

domain is a sufficient signal to mediate the localization of proteins in such domains

[65]. In line with disruption of lipid rafts upon cholesterol depletion by MbCD, the
decrease of overall FRET efficiency in the treated cells corroborates these findings.

As the preferential enrichment to raft domains is decreased for hemagglutinin

variants lacking the palmitoylation in the transmembrane domain, this suggests

that the modification of the protein is decisive for its localization [65]. These

findings were corroborated by experiments measuring the FRET efficiencies in

cells expressing HA fused with a CFP variant and YFP fused with a double acylated

peptide serving as a raft marker, which again shows a cholesterol-dependent

enrichment of HA into raft domains [66]. Determining FRET efficiencies for

varying concentrations of the acceptor, clustering of HA with itself and an interac-

tion with the influenza capsid protein M2 has been shown [66, 67].

Not only the enrichment in specific lipid domains can be investigated by FRET

experiments, but also the interaction of proteins in close proximity at biological

membranes. In this view, the interaction of t- and v-SNARE proteins fused to

fluorescent proteins has been studied. In proliferating hyphae of Trichoderma
reesei, a filamentous fungus, complexes of t- and v-SNAREs showing differing

FRET efficiencies were visualized at spatially segregated sites, suggesting that the

interaction of both proteins is dependent on their localization in specific lipid

domains [68]. Likewise in Zea mays, it has been shown that two families of plasma

membrane intrinsic proteins form tight complexes in distinct lipid domains at the

plasma membrane [69]. A similar approach has been used to characterize the

multiprotein complex responsible for cell division in Streptomyces and to identify

the components which interact with the plasma membrane or to characterize the

interactions between Golgi-tethering factors and small GTPases [70, 71].

As an example, FRET-FLIM has also been used to investigate interactions

between presenilin 1 and amyloid precursor protein (APP) variants in CHO cells.

The cells were transiently transfected to express the proteins which were specifi-

cally labeled. Regions of reduced donor lifetime were identified in a patterned

fashion, especially at the periphery of cells, which indicates the formation of

complexes suggesting that certain lipid domains at the plasma membrane seem to

be involved in the regulation of the complex formation [72]. Measuring the FRET

efficiencies between eGFP attached to the membrane by a myristoyl anchor and

mRFP fused to APP or presenilin 1 variants allowed the determination of the impact

of point mutations related to Alzheimer’s disease on the interaction of the

C terminus with the membrane. For APP, corresponding results were observed if

the fluorescent membrane probe CM-DiI (APP-GFP) was used. Also the impact of

drugs on the orientation of C terminus of APP could be determined [73].

Signaling processes upon cell-cell interactions or plasma membrane remodulation

during cell migration, endocytosis, membrane fusion, or tubule formation require a
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well-orchestrated interplay of many membrane proteins in a highly localized fashion.

Characterizing these complexes using fusion proteins containing the proteins of

interest or labeling those proteins with fluorescent antibodies allows the identification

of the underlying interactions [74–76]. To this end, also probes labeling lipid domains

are applied [77].

As FRET records the close proximity of two molecules, it can be used also to

follow the formation of dimers or larger complexes composed of a single protein

species, as long as it constitutes a mixture of proteins labeled either with a donor or

acceptor fluorophore. Such an approach has been applied to compare the degree of

interaction between serotonin receptors in different cell lines [78]. Additionally, the

complex formation of the signal peptidase has been investigated. The patterned

distribution of the dimers suggests that specific lipid domains are involved in the

formation of these complexes [79].

In summary, using FLIM to detect a decrease in donor fluorescence lifetime by

FRET to visualize interactions of membrane components or their enrichment in

specific lipid domains is a very sensitive and robust technique, as it is largely

independent of the local concentrations. Yet, the differences in the donor lifetime

are often quite small, due to fact that not all donor molecules may be in close

proximity to the acceptor or that the FRET pairs are aligned in an unfavorable

fashion, due to limitations in orientation imposed by the lipid bilayer. This is

especially severe for fluorescent proteins, as due to the large distance between the

chromophores embedded in the core of these proteins the highest achievable FRET

efficiency is approximately 0.5. However, fusion proteins between a fluorescent

protein and the target protein still offer the least intrusive approach to label live

cells. Additionally, as the environment of the fluorophores may change their

fluorescence lifetimes, proper controls in which the lifetime behavior of the donor

fluorophore is measured in interaction with the appropriate nonfluorescent interac-

tion partners are necessary. In summary, while the detection of interactions is often

straightforward, and even applicable in a high throughput regime, the measurement

of the fraction of involved molecules and the distance between the interacting

fluorophores may be tedious, as the observed average fluorescence lifetimes are

influenced by both parameters [33, 80]. Additionally, the heterogeneity of the

sample on a small scale is often not known, and due to the small image pixel

size, the data is often noisy.

5 Challenges and Novel Evaluation Techniques

Measuring the fluorescence lifetimes of probes in biological membranes offers

detailed information about the environment in which they are embedded or can be

used to facilitate the determination of FRET efficiencies. As FLIM yields spatially

resolved images, the structural composition of biological membranes and of the

associated proteins can be studied. However, this requires the determination of the

fluorescence lifetimes for each pixel of a FLIM image. In general, two kinds of
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approaches, based on their way to determine the lifetimes, can be discerned. In time

domain methods, the fluorescence lifetimes are calculated from the decay of

fluorescence after a pulsed excitation while in frequency domain methods, a con-

tinuously modulated excitation is used and fluorescence lifetimes are determined

from the phase shift and amplitude demodulation of the fluorescence emission. The

most common time domain technique is TCSPC, where the arrival times of single

fluorescence photons after a pulsed excitation are measured, from which the decay

of the fluorescence emission is rebuilt. As it has to be ensured that only single

photons hit the detector in one detection cycle to prevent distortion of the decay, the

achievable count rate is rather limited, leading to long acquisition times to record

enough photons in each pixel, so that the often multiexponential decays can be fitted

with sufficient accuracy. To alleviate the problem of fitting errors due to a low

photon count, recently an algorithm to virtually increase the numbers of available

photons using adaptive Monte Carlo data inflation (AMDI) has been described [81].

Instead of fitting the measured fluorescence decays with exponential decay curves,

the data can also be converted into the frequency domain by calculating Fourier sine

and cosine transforms [82, 83]. The lifetimes then can be visualized in polar plots,

which have been originally developed for frequency domain methods (see below)

[84–86]. Using this representation, it is possible in cells coexpressing CFP and

eGFP variants to distinguish between both fluorescent proteins, as CFP shows a

multiexponential decay, while eGFP shows a monoexponential decay, despite

similar overall lifetimes for both proteins [83].

As the acquisition times of images normally are in the range of tenths of seconds

to minutes for images, this precludes following fast processes in live cells. How-

ever, techniques can be applied to reduce the required frame acquisition time, for

example, by binning of pixels, which sacrifices spatial resolution, or time gating,

which sacrifices temporal resolution [87]. Making use of time gates, it is also

possible to extract photons suitable for coherent anti-Stokes Raman scattering

(CARS) microscopy from the recorded fluorescence decay [88]. A different time

domain method to determine fluorescence lifetimes, which is not limited by the

constraint of single photon detection, but rather records the mean delay between

excitation and the fluorescence emission using an analogue amplifier with

subsequent digitization, has been recently described [89, 90]. This method allowed

to follow the activation of Ca channels with frame rates up to 7.7 Hz [91].

A completely different approach to measure fluorescence lifetimes is to excite

the fluorophores using modulated excitation. For these approaches, normally

widefield illumination in combination with a CCD-camera gated by a microchannel

plate is used, allowing for short acquisition times. However, the information gained

about the lifetime decay itself may be limited. In these approaches, the fluorescence

lifetimes are calculated from phase shifts between excitation and emission or the

demodulation of the fluorescence emission. Alternatively, the phase shift and

modulation recorded for single pixels can be transformed into coordinates and

analyzed graphically. Pixels showing a monoexponential lifetime thereby lie on a

half circle, while pixels in which two lifetime components are present fall in the

interior of the circle, on a line connecting both monoexponential components
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[84–86]. This approach is especially beneficial to determine the fraction of

molecules undergoing FRET in a heterogeneous population [92]. For example,

using fluorescent antibodies specific for phosphotyrosines in combination with a

library of proteins fused with a fluorescent protein, in a FRET-FLIM setup, polar

plots also can be applied to determine the degree of phosphorylation in cell arrays,

which allows to identify the proteins responsible for signal transduction [80].

While classically the excitation is sinusoidally modulated for lifetime measure-

ments, however, also a train of picosecond pulses can be used for excitation. In

combination with square-shaped modulation of the detector, this allows for a faster

image acquisition and a priorimeasurement of biexponential decays [93, 94]. Prior

to the detection, the fluorescence emission can be analyzed by a monochromator,

which yields the spectral information for the sample. The combination of both data

sets improves the separation of signals originating from donor and acceptor in a

FRET pair and facilitates the exclusion of donor only constructs [95].

The widefield illumination used for the frequency domain approaches also

facilitates the development of setups which allow three-dimensional sectioning of

cell complexes or even whole tissue samples or organisms with a measurement of

FRET, using techniques like single plane illumination microscopy or optical projec-

tion tomography [96–98].

Although the characterization of the structure and composition of biological

membranes is hindered by the large numbers of different compounds from which

they are formed, leading to a huge complexity, FLIM techniques have already

helped to unravel some of these mysteries, as fluorescence lifetimes yield insights,

for example, into heterogeneities of populations. However, the structure of the

membranes is not only complex but also highly dynamic. This is especially

demanding on FLIM approaches as image acquisition is time consuming, requiring

several seconds up to minutes per frame. However, the development of novel

techniques to alleviate this challenge will potentially allow the study of dynamics

of processes in biological membranes in more detail.

References

1. Pike LJ (2006) Rafts defined: a report on the keystone symposium on lipid rafts and cell function.

J Lipid Res 47(7):1597–1598. doi:E600002-JLR200, [pii] 10.1194/jlr.E600002-JLR200

2. Fessler MB, Parks JS (2011) Intracellular lipid flux and membrane microdomains as

organizing principles in inflammatory cell signaling. J Immunol 187(4):1529–1535.

doi:10.4049/jimmunol.1100253

3. Staubach S, Hanisch F-G (2011) Lipid rafts: signaling and sorting platforms of cells and their

roles in cancer. Expert Rev Proteomics 8(2):263–277. doi:10.1586/epr.11.2

4. Simons K, Ikonen E (1997) Functional rafts in cell membranes. Nature 387(6633):569–572

5. Cho W, Stahelin RV (2005) Membrane-protein interactions in cell signaling and membrane

trafficking. Annu Rev Biophys Biomol Struct 34(1):119–151. doi:10.1146/annurev.

biophys.33.110502.133337

6. Resh MD (1999) Fatty acylation of proteins: new insights into membrane targeting of

myristoylated and palmitoylated proteins. Biochim Biophys Acta 1451(1):1–16

234 M.T. Stöckl et al.
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25. Stöckl M, Plazzo AP, Korte T, Herrmann A (2008) Detection of lipid domains in model and

cell membranes by fluorescence lifetime imaging microscopy of fluorescent lipid analogues. J

Biol Chem 283(45):30828–30837

Studying Membrane Properties Using Fluorescence Lifetime Imaging Microscopy 235

http://dx.doi.org/10.1016/j.bbamem.2011.07.009
http://dx.doi.org/10.1007/s00249-009-0547-5
http://dx.doi.org/10.1016/j.bbamem.2012.03.007
http://www.nature.com/nature/journal/v457/n7233/suppinfo/nature07596_S1.html
http://www.nature.com/nature/journal/v457/n7233/suppinfo/nature07596_S1.html
http://dx.doi.org/10.1016/j.bpj.2011.09.006
http://dx.doi.org/S0006-3495(09)00390-7
http://dx.doi.org/10.1016/j.chemphyslip. 2011.01.004
http://dx.doi.org/10.1016/j.chemphyslip. 2011.01.004
http://dx.doi.org/10.1039/b608629b


26. Zarubica A, Plazzo AP, Stockl M, Trombik T, Hamon Y, Muller P, Pomorski T, Herrmann A,

Chimini G (2009) Functional implications of the influence of abca1 on lipid microenvironment

at the plasma membrane: a biophysical study. FASEB J 23(6):1775–1785

27. Haluska CK, Schroder AP, Didier P, Heissler D, Duportail G, Mely Y, Marques CM (2008)

Combining fluorescence lifetime and polarization microscopy to discriminate phase separated

domains in giant unilamellar vesicles. Biophys J 95(12):5737–5747. doi:S0006-3495(08)

81990-X, [pii] 10.1529/biophysj.108.131490

28. Margineanu A, Hotta J, Vallee RA, Van der Auweraer M, Ameloot M, Stefan A, Beljonne D,

Engelborghs Y, Herrmann A, Mullen K, De Schryver FC, Hofkens J (2007) Visualization of

membrane rafts using a perylene monoimide derivative and fluorescence lifetime imaging.

Biophys J 93(8):2877–2891

29. Li C, Schoneboom J, Liu Z, Pschirer NG, Erk P, Herrmann A, Mullen K (2009) Rainbow

perylene monoimides: easy control of optical properties. Chemistry 15(4):878–884.

doi:10.1002/chem.200802126

30. Obaid AL, Loew LM, Wuskell JP, Salzberg BM (2004) Novel naphthylstyryl-pyridium

potentiometric dyes offer advantages for neural network analysis. J Neurosci Methods 134

(2):179–190. doi:10.1016/j.jneumeth.2003.11.011, S0165027003003881 [pii]

31. Jin L, Millard AC, Wuskell JP, Clark HA, Loew LM (2005) Cholesterol-enriched lipid

domains can be visualized by di-4-aneppdhq with linear and nonlinear optics. Biophys J 89

(1):L04–L06. doi:S0006-3495(05)72649-7, [pii] 10.1529/biophysj.105.064816

32. Owen DM, Lanigan PM, Dunsby C, Munro I, Grant D, Neil MA, French PM, Magee AI (2006)

Fluorescence lifetime imaging provides enhanced contrast when imaging the phase-sensitive

dye di-4-aneppdhq in model membranes and live cells. Biophys J 90(11):L80–L82

33. Talbot CB, McGinty J, Grant DM, McGhee EJ, Owen DM, Zhang W, Bunney TD, Munro I,

Isherwood B, Eagle R, Hargreaves A, Dunsby C, Neil MA, French PM (2008) High speed

unsupervised fluorescence lifetime imaging confocal multiwell plate reader for high content

analysis. J Biophotonics 1(6):514–521. doi:10.1002/jbio.200810054

34. Svensson FR, Matson M, Li M, Lincoln P (2010) Lipophilic ruthenium complexes with tuned

cell membrane affinity and photoactivated uptake. Biophys Chem 149(3):102–106.

doi:10.1016/j.bpc.2010.04.006

35. Svensson FR, Li M, Nordén B, Lincoln P (2008) Luminescent dipyridophenazine-ruthenium

probes for liposome membranes. J Phys Chem B 112(35):10969–10975. doi:10.1021/

jp803964x
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Fluorescence Correlation Spectroscopy to Study

Membrane Organization and Interactions

Monika Zelman-Femiak, Yamunadevi Subburaj, and Ana J. Garcı́a-Sáez

Abstract This chapter describes the application of fluorescence correlation spec-

troscopy (FCS) as a powerful technique for the study of membrane organization and

interactions. Monitoring the fluorescence signal fluctuations allows resolving

concentrations, diffusion coefficients, and binding of several membrane

components in experiments in vitro as well as in vivo.
We discuss the basic principles of FCS and explain novel implementations of

FCS introduced to overcome the technical difficulties present in the standard

version of fluorescence correlation spectroscopy. Finally, we report several

examples of studies with the application of FCS on both model and biological

membranes to obtain interesting insight in the topic of lateral membrane organiza-

tion and membrane interactions.

Keywords Chemical relaxation � Diffusion � Fluctuations � Fluorescence �
Fluorescence correlation spectroscopy � Interactions � Membranes � Triplet state
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1 Introduction

Cellular membrane biology attracts currently intense scientific interest and

research. Comprehending the complex organization of the membrane together

with decoding the function of its particular constituents could bring us much closer

to decipher the subsistence of a cell, a fundamental unit of life.

Many questions, however, remain still unanswered including the structure of

membrane proteins that consist of small amount of all resolved structures, the

mechanisms piloting membrane organization and curvature, the mechanisms of

organelle biogenesis and the transport between organelles, and how membranes

undergo fusion and fission. It has already been shown in several studies that

membrane proteins can serve as receptors, ion channels, or transporters, while the

lipids provide not only a barrier between aqueous compartments but also act as

signals. It is commonly known that lipids and proteins blend together to constitute

and maintain membrane composition and specific membrane domains; however,

the precept of molecular intertwining has not been fully understood yet.

To gain deeper insight into membrane organization and the rules governing it, as

well as molecular interactions within membranes, very sensitive techniques are

emerging. Precise methods which would allow for the characterization of molecular

and cellular dynamics and which would deliver pivotal parameters like local

concentrations, mobility coefficients, and characteristic rate constants of inter- or

intramolecular reactions and through this could address so far unresolved issues.

Fluorescence correlation spectroscopy (FCS) is one of those powerful

techniques that provide high spatiotemporal resolution and detection of

biomolecules at extremely low concentrations. Evolved in the early 1970s as a

special case of relaxation analysis, fluorescence correlation spectroscopy bases on

the minuscule spontaneous fluctuations of the signal detected from fluorophores in a

very small volume (fL). FCS measures intensity fluctuations originating from any

deviations of the observed specimen like those occurring due to diffusion of the

molecules, physical or chemical reactions, or aggregation. Such fluctuations con-

tinuously exist at ambient temperatures and are depicted as noise patterns of the

measured fluorescence. Intensity fluctuations are then analyzed by applying the

temporal autocorrelation of the recorded intensity signal. The strength and duration

of the fluctuations are juxtaposed in flow of time, providing the image of a self-

similarity of the signal and therefore describing the endurance of information

acquired from the autocorrelation. In a straightforward way, this leads to the

delivery of crucial information regarding the processes that govern molecular
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dynamics and the determination of local concentrations, mobility coefficients, and

reaction rate constants of fluorescently labeled biomolecules.

Signal-correlation techniques were first experimentally applied to fluorescence

in 1972 by Magde, Elson, and Webb [1]. The pioneering method was further

developed in several publications by various research groups demonstrating its

theoretical basis and applications, like attempts to determine particle concentration

and rotational and translational mobility in two or three dimensions and even in the

cellular context [2–5]. Nevertheless, these early experiments endure poor signal-to-

noise ratios, chiefly due to low detection efficiency, oversized ensemble, and

insufficient background suppression.

Beginning in 1993, numerous improvements in the measurement techniques,

especially the usage of confocal microscopy and then two-photon microscopy, to

better define the measured volume and deselect background significantly enhanced

the signal-to-noise ratio and reached single-molecule sensitivity [6–8]. This

aroused sudden avid interest in FCS and resulted in over 3,000 papers with the

application of FCS to be found in Web of Science by August 2007 [9] and since that

time almost doubled, resulting in over 5,600 publications on the topic by March

2012. Additionally, there has been a flurry of activity extending FCS in different

ways, for instance, to laser scanning and spinning-disk confocal microscopy, in

applying cross correlation (FCCS) between two fluorescent channels instead of

autocorrelation and in using Förster resonance energy transfer (FRET) instead of

fluorescence.

In any subtype of FCS, the basic concept is to achieve and maintain the number

of observed molecules so low that each particular contributes essentially to the

measured signal. Only under such conditions credible analyses of spontaneous,

noncoordinated fluctuations can be conducted.

FCS measurements function properly only if the concentration of the studied

sample is restricted to very few molecules that are detected in the focal volume at

the same time, which necessitates the fluorescence photon yield per single mole-

cule. Enhancement of FCS could be provided by the usage of efficient fluorescent

dyes for molecule labeling, strong and stable light sources like lasers, and ultrasen-

sitive detectors with single-photon sensitivity. The final breakthrough combined the

FCS technique with confocal detection causing that the incoming laser light is

strongly focused by a high numerical aperture objective to a diffraction-limited spot

[10]. Solely the few fluorophores within the illuminated region of interest are

detected after excitation. To reduce the detection volume in axial direction, a

pinhole has been introduced in the image plane blocking all light not originating

from the femtoliter-sized focal volume.

Most common FCS measurements are conducted on fluorescently labeled

molecules diffusing in aqueous buffer solution into and out of the focal volume

and delivering the signal fluctuations large enough to yield good signal-to-noise

ratios. Obviously, in addition to the time a molecule spends in the focus, the

alteration of the emission characteristics of the fluorophore due to chemical or

photophysical reactions or conformational changes introduces the additional

fluctuations in the detected signal.
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Although FCS is an established technique to study diffusion in solution, several

additional problems connected with slow dynamics and two-dimensional geometry

strongly limit the accuracy of confocal FCS on membranes [11].

In confocal FCS, the detection volume has to be positioned in the membrane

with a vertical accuracy of approximately 100 nm. Otherwise, the divergence of the

laser would cause an unwanted enlargement of the effective detection area. Addi-

tionally, various optical artifacts (e.g., saturation, cover-slide thickness local

variations, refractive index mismatch, astigmatism [12]) lead to deformation of

the focal volume, impeding the exact determination of the detection area, which is

necessary for quantitative measurements. Therefore, FCS techniques that do not

rely on the calibration of the detection area are recommended for quantitative and

reliable measurements on membranes.

The diffusion in lipid membranes can be several orders of magnitude slower than

that of fluorophores freely diffusing in solution. To average over a significant

number of independent events, appropriately long measurement times, at least

104 times the diffusion time, are necessary [11]. During this time, the position of

the detection volume with respect to the membrane has to stay stable; otherwise,

additional changes in the intensity trace are introduced with consequent distortion

of the autocorrelation curve. Even minor instabilities might result in an apparent

second component or non-Brownian diffusion. To measure slow diffusion, one can

either use techniques that allow the correction for instabilities [13] or techniques

where parallel acquisition decreases the measurement times [14,15].

Another consequence of the slow diffusion observed in membranes is the long

residence time of the fluorophores in the detection volume. This causes strong

photobleaching, leading to an apparent reduction of the measured diffusion times.

Therefore, low laser powers have to be applied for membrane FCS. Unfortunately,

low excitation power produces a weak signal, easily concealed by stray light or

detector dark counts, and thus requires long measurement times.

On membranes, the two-dimensional geometry makes it difficult for an efficient

replenishment of bleached fluorophores, which are depleted in the detection area.

Initially, the intensity trace quickly decays with time, resulting in distorted correla-

tion curves. Starting the measurement after the system has reached a quasi-steady

state lets one to omit distortions but causes an underestimation of the concentration.

Depletion is especially problematic if the reservoir of fluorophores is limited and a

quasi-steady state cannot be reached. This is the case for small domains in phase-

separating membranes or for closed bilayer and cell membranes. Depletion due to

photobleaching can be corrected at the level of the intensity trace [14].

Even moderate excitation laser powers can induce nonradiative energy dissipa-

tion phenomena, like electrochemical alteration of the lipids or heat production.

This may also lead to significant changes of the physical properties of the mem-

brane [16].

In many experiments, a fluorescent background in the solution around the

membrane cannot be avoided. Measurements in cellular membranes are precluded

by intracellular fluorescence and, especially, by fluorescent vesicles in the cytosol,

which have a similar diffusion time compared to molecules diffusing in the more
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viscous membrane. When studying a molecule with a low binding affinity to the

membrane, the high concentration in solution required for significant binding can

completely mask the signal originating in the membrane. To reduce the fluorescent

background, very flat detection volumes that are provided by FCS with total

internal reflection excitation (TIRF-FCS) [17] or with FCS using a supercritical

angle objective [18] have to be employed.

Even more problematic than FCS measurements in the membranes are the ones

carried out in cellular processes that confine the detection volume and the standard

FCS model leads to erroneous results. In cells, due to the complicated microenvi-

ronment, larger viscosity, molecular crowding effects, and multiple interaction

partners, the standard FCS approach is not very effective. Here, dual-color cross

correlation spectroscopy (FCCS) is superior, provided that spectral cross talk and

global movements of the cellular structures are minimized.

In this chapter, after describing the basic principles of FCS, we present and

discuss recent work involving practical application of FCS for the study of model

and biological membranes in the context of complex dynamics observed for

membrane components in both model systems and living cells.

2 Fluorescence Correlation Spectroscopy: Brief Method

Description

2.1 Typical FCS Setup

The typical FCS setup consists of a laser line with wavelengths usually ranging

from 405 to 633 nm (continuous wave) or from 690 to 1,100 nm (pulsed), which is

reflected into a microscope objective by a dichroic mirror. The laser beam is

focused in the specimen containing fluorescent molecules in such an extremely

high dilution that only a few are found within the focal spot. Usually the number of

fluorescently tagged particles is between 1 and 100 per volume of 1 fL. When the

molecules diffuse across the focal volume, they fluoresce. This light is collected by

the same objective, and because it is red shifted with respect to the excitation light,

it passes the dichroic mirror reaching a detector, typically an avalanche photodiode

detector. The resulting electronic signal can be stored either directly as the intensity

versus time trace to be analyzed at a later point or computed to generate the

autocorrelation directly, which necessitates an online correlator. The FCS or auto-

correlation curve by itself only demonstrates fluctuations in the fluorescence inten-

sity signal originating from the labeled molecules over time, and application of

appropriate models to these data leads to further conclusions on physical phenom-

ena and interpretation of the experiment. The parameters of interest are found after

fitting the autocorrelation curve to modeled functional forms [19].
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2.2 Autocorrelation Function

The temporal autocorrelation function is the correlation of a signal in a time series

with itself shifted by time t, as a function of t:

GðtÞ ¼ hdIðtÞdIðtþ tÞi
hIðtÞi2 ¼ hIðtÞIðtþ tÞi

hIðtÞi2 � 1 (1)

where

dIðtÞ ¼ IðtÞ � hIðtÞi (2)

is the deviation from the mean intensity. The normalization here is the most

commonly used for FCS, because then the correlation at t ¼ 0, called G(0), is
related to the average number of particles in the measurement volume.

To extract the values for the parameters of interest, the autocorrelation data can

be fitted, most commonly using a nonlinear least-squares algorithm. The functional

form of the fit depends on the type of dynamics and the optical geometry in

question.

2.3 The Measurement Volume

The measurement volume depends on illumination (excitation) and detection

geometries, which results from the optical elements that are involved. The focal

volume is described mathematically by the point spread function (PSF), which

essentially is the image of a point source. The PSF is often presented as an ellipsoid

with diffuse boundaries of few hundred nanometers in focus diameter and almost

1 mm along the optical axis. The shape of the PSF differs significantly depending on

the quality of the optical elements of the microscopic system and has a large impact

on the shape of FCS curves. It is crucial that, before acquiring any data, astigmatism

is avoided and the real shape of the PSF is checked on the particular instrument. In

the case of confocal microscopy, and for small pinholes like those around one airy

unit, the PSF is well approximated by Gaussians:

PSFðr; zÞ ¼ I0e
�2r2=o2

xy e�2z2=o2
z (3)

where I0 is the peak intensity, r and z are the radial and axial positions, and oxy and

oz are the radial and axial radii and oz > oxy. This Gaussian form is assumed in

deriving the mathematical model to fit the autocorrelation curve.

Typically,oxy is 200–300 nm, andoz is 2–6 times larger [20]. One common way

of calibrating the measurement volume parameters is to perform FCS on a species

with known diffusion coefficient under the same experimental conditions of the

246 M. Zelman-Femiak et al.



measurements. The Gaussian approximation works to varying degrees depending

on the optical details, and corrections can sometimes be applied to offset the errors

in approximation [21].

2.4 Diffusion

2.4.1 Normal Diffusion in 3D

The experimental autocorrelation curve is fitted with a mathematical model func-

tion to extract the parameters of interest, such as the diffusion coefficient D or the

concentration C. For measurements in solution, the detection volume is usually

approximated by a three-dimensional Gaussian profile. The correlation function

describing three-dimensional Brownian diffusion through such a profile is

GðtÞ ¼ Gð0Þ 1

ð1þ ðt=tDÞÞð1þ a�2ðt=tDÞÞ1=2
þ Gð1Þ (4)

where a ¼ oz/oxy is the ratio of axial to radial e
�2 radii of the measurement volume

and tD is the characteristic residence time. This form was derived assuming a

Gaussian measurement volume. Typically, the fit would have three free parameters:

G(0), G(1), and tD – from which the diffusion coefficient and fluorophore concen-

tration can be calculated.

With the normalization used in the previous section, G(0) gives the mean

number of diffusing molecules in the volume < N > or equivalently with knowl-

edge of the observation volume size – the mean concentration:

Gð0Þ ¼ 1

hNi ¼
1

VeffhCi ; (5)

where the effective volume corresponds to the detectable emission intensity distri-

bution determined by the Gaussian laser beam profile and the pinhole used [6] and

is given by

Veff ¼ p3=2o2
xyoz: (6)

tD gives the diffusion coefficient:

D ¼ o2
xy 4tD= (7)
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where oxy is the radius of confocal detection volume. The diffusion coefficient is in

turn determined by two properties: the viscosity of the sample Z and the hydrody-

namic radius of the particle Rh:

D ¼ kB T

6p�Rh
(8)

where kb is the Boltzmann constant and T is temperature.

2.4.2 Lateral Diffusion in Membranes

For measurements on membranes, the intersection of the laser with the membrane

defines the two-dimensional Gaussian detection area. The corresponding correla-

tion function is

GðtÞ ¼ Gð0Þ 1

1þ t tD=ð Þð Þ (9)

where G(0) gives the mean number of diffusing molecules in the volume < N >
like previously described in Eq. 5.

The characterization of diffusion processes in biological systems is crucial to the

understanding of the molecular interactions underlying membrane organization.

Nevertheless, the information provided by studies in model membranes has always

varied from the diffusion in the plasma membrane, which seems to be orders of

magnitude slower than that observed in simple artificial bilayers [22,23]. Further-

more, the mobility of components in the plasma membrane shows a deviation from

the standard diffusion equation, which would imply a linear growth of the mean

square displacement (MSD) with time. In this case, the MSD is often found to vary

with a fractional power of time (i.e., MSDmta, 0 < a < 1), and the exponent a is

called anomalous exponent [24,25]. This phenomenon, referred to as anomalous

diffusion or subdiffusion [26], was observed experimentally in SPT [27,28] and

FRAP [29,30] measurements. More in detail, the work by Feder et al. [31] presented

a direct connection between the immobile fraction reported in recovery

experiments [32] and the anomaly in lipid diffusive behavior. In the context of

the debate regarding the physical origins of anomalous diffusion in the plasma

membrane, Nicolau et al. [33] have contributed with a study worthy of note. Using

Monte Carlo simulations, three different possible sources for anomalous dynamics

were analyzed: immobile randomly distributed obstacles [34], raft-like domains

[27], and regular networks of immobile obstacles (i.e., cytoskeleton-anchored

picket model) [23]. Although not explicitly considering the possibility of direct

interactions with the underlying cytoskeleton (i.e., not mediated by membrane

components; “membrane-skeleton fence model” for large proteins [22]), this

work probes a wide spectrum of possibilities. Nicolau et al. concluded that tightly
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packed lipid domains and fixed random obstacles, in absence of other interactions,

are the mechanisms most likely inducing anomalous diffusion and values of a
significantly lower than unity. For these reasons, it appears clear that free-standing

model membranes might not be the best choice to gain further insight into the

complex dynamics characterizing the cellular membranes. Rather, direct in vivo
measurements would be more appropriate, but unfortunately, the precise evaluation

of the anomalous diffusion parameter a by means of FCS measurements on cellular

membranes might be very challenging [24]. Although a more complex mathemati-

cal analysis may result very useful [35], the suboptimal experimental conditions

often encountered in cellular measurements do not allow ruling out simple

Brownian diffusion models [11]. For this reason, it is possible to find in the

scientific literature sound works reporting a wide variety of diffusive behavior for

plasma membrane components, ranging from anomalous diffusion of Golgi resi-

dent membrane proteins [36] or myelin oligodendrocyte glycoproteins [36] to

simple Brownian diffusion of lipids [37,38], integral membrane proteins [13], and

GPI-anchored proteins [14]. A very promising alternative approach that uses FCS

to probe the details of membrane organization is that proposed by Wawrezinieck

et al. [39]. Monitoring the change in diffusion time t of fluorescent lipids or proteins
as function of FCS detection area A, it is possible to characterize the

submicroscopical heterogeneities of the bilayer. For free Brownian diffusion, the

diffusion time is simply proportional to the detection area, while for hindered

diffusion with obstacles much smaller than optical resolution, an offset t0 is needed
to fit the experimental data points:

t ¼ Const�Aþ t0 (10)

Whether this offset is positive or negative depends on the exact diffusion mode:

dynamic partition into microdomains results in positive t0 values, while confine-

ment in cytoskeleton-dependent meshworks results in negative t0 values. The size
of the detection area A can be varied either by using a diaphragm or by means of

focusing on different z-positions around the plasma membrane [40]. Exceptional

reduction of the detection volume, needed to characterize quantitatively the size of

membrane heterogeneities, can be achieved using zero-mode waveguides [41]. By

means of this approach, Lenne et al. [42] succeeded to determine the diffusive

behavior of several membrane components, like GPI-anchored proteins or the

transferrin receptor, elucidating the role of both lipid domains and cytoskeleton-

mediated meshwork.

2.5 Chemical Relaxation

A wide range of possible FCS experiments involves chemical reactions that contin-

ually fluctuate from equilibrium because of thermal motions and then “relax.” In

contrast to diffusion, which is also a relaxation process, the fluctuations cause
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changes between states of different energies. One very simple system presenting

chemical relaxation would be a stationary binding site in the measurement volume,

where particles only produce signal when bound, e.g., by FRET, or if the diffusion

time is much faster than the sampling interval. In this case, the autocorrelation is

GðtÞ ¼ Gð0Þ expð�t=tBÞ þ Gð1Þ (11)

where

tB ¼ ðkon þ koffÞ�1
(12)

is the relaxation time and depends on the reaction kinetics, on and off rates, and

Gð0Þ ¼ 1

hNi
kon
koff

¼ 1

hNiK (13)

is related to the equilibrium constant K.
Most systems with chemical relaxation also show measureable diffusion, and the

autocorrelation function will depend on the details of the system. If the diffusion

and chemical reaction are decoupled, the combined autocorrelation is the product of

the chemical and diffusive autocorrelations.

2.6 Triplet State Correction

The autocorrelations mentioned above assume that the fluctuations are not due to

changes in the fluorescent properties of the particles. However, for the majority of

bioorganic fluorophores like green fluorescent protein, rhodamine, Cy3, and Alexa

Fluor dyes, some fraction of illuminated particles are excited to a triplet state or

other nonradiative decaying states, and then they do not emit photons for a

characteristic relaxation time tF. Typically, tF is on the order of microseconds,

which is usually smaller than the dynamics of interest (e.g., tD), but large enough to
be measured. A multiplicative term is added to the autocorrelation form to account

for the triplet state. For normal diffusion, it looks like

GðtÞ ¼ Gð0Þ 1� Fþ Fe�t=tF

1� F

1

1þ ðt=tDÞð Þ 1þ a�2ðt=tDÞð Þ1=2
þ Gð1Þ (14)

where F is the fraction of particles that have entered the triplet state and tF is the

corresponding triplet state relaxation time. If the dynamics of interest are much

slower than the triplet state relaxation as usually in membranes, the short-time

component of the autocorrelation can simply be truncated, and the triplet term is

unnecessary.
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2.7 Variations of FCS

FCS almost always refers to the single-point, single-channel, temporal autocorrela-

tion measurements, although the term “fluorescence correlation spectroscopy” out

of its historical scientific context implies no such restriction. FCS has been

extended in a number of variations by different researchers, with each extension

generating as well new extended name of the method.

2.7.1 Fluorescence Cross Correlation Spectroscopy (FCCS)

Fluorescence correlation spectroscopy is sometimes applied to study molecular

interactions by detecting changes in the diffusion times, e.g., the product of an

association reaction will be larger and thus have larger diffusion times than the

reactants individually; however, FCS is relatively insensitive to molecular mass.

FCS data can report correlation time tD in both autocorrelation and cross correla-

tion mode. Correlation time is related to the translational diffusion coefficient D,
described by the relation in Eq. 7.

Dual-color fluorescence cross correlation spectroscopy (FCCS) measures

interactions by cross correlating two or more fluorescent channels (one channel for

each reactant), which distinguishes interactions more sensitively than FCS, particu-

larly when the mass changed in the reaction is small. Fluorescence cross correlation

spectroscopy (FCCS) overcomes the weak dependence of the diffusion rate on the

molecular mass by looking at dynamic multicolor coincidence [11,43–45]. In dual-

color cross correlation, intensity traces from two spectral channels, each detecting

the emission of one fluorophore species, are cross correlated. Solely if the two

species interact and diffuse as an entity through the detection volume, there is a

correlation between the two intensity traces which gives rise to a positive cross

correlation. Dual-color cross correlation, therefore, measures dynamic

colocalization and is a powerful tool to study binding or dissociation. However,

both partners should be completely labeled, since nonfluorescent competitors reduce

the cross correlation amplitude, as do free fluorophores in solution. Ir(t) and Ig(t) are
the intensity traces of the long- and short-wavelength channel, respectively. The

spectral cross correlation curve is then defined as follows:

GrgðtÞ ¼
dIrðtÞ � dIgðtþ tÞ� �

IrðtÞh i IgðtÞ
� � (15)

In case of a complete overlap of the detection areas, the concentrations of the

bound molecules Crg can be determined from the amplitudes of the auto- and cross

correlation curves:

Crg

Crg þ Cg

¼ Grgð0Þ
Grð0Þ ;

Crg

Crg þ Cr

¼ Grgð0Þ
Ggð0Þ (16)
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Cr and Cg are the concentrations of the unbound molecules. Generally, the

detection areas might not overlap completely. This can be mirrored in a loss in

cross correlation. A cross correlation standard, containing only dimers of both

colors, can be used to quantify the maximal cross correlation, then used as a

reference. If the two detection areas are well aligned, but differ in size due to

their different wavelengths, the maximal cross correlation amplitude for complete

double labeling is between the autocorrelation amplitudes:

Grgð0Þ ¼ 2 Grð0Þ�1 þ Ggð0Þ�1
� ��1

(17)

With a two-photon laser, the two dyes might often be simultaneously excited,

resulting in a perfect overlap of the excitation profiles. Another artifact, which leads

to false-positive cross correlation, is spectral cross talk: if there is an overlap in the

emission spectra of the two fluorophores, some fluorescence from the green

fluorophores can leak into the red channel. Especially with the usage of fluorescent

proteins, spectral cross talk is common. An elegant but experimentally complex

way to avoid spectral cross talk is the application of alternating excitation or pulsed

interleaved excitation. Repeatedly, only the green laser is switched on, and fluores-

cence is collected in the green channel, then only the red laser is switched on, and

fluorescence is gathered in the red channel. Thereby, contributions from the differ-

ent molecules can be completely separated.

The repetition rate defines the time resolution of correlation curve and has to be

much faster than the timescales of interest (i.e., diffusion time). In most commercial

setups, alternating excitation is not implemented. Fortunately, cross talk can be

corrected during the data analysis. In dual-color FCS, mechanical instabilities and

membrane movements result in a false-positive cross correlation. This artifact is

difficult to quantify and, contrarily to spectral cross talk, difficult to take into

account and should therefore be avoided.

2.7.2 FRET-FCS

Another FCS-based approach to study molecular interactions uses fluorescence

resonance energy transfer (FRET) instead of fluorescence and is called FRET-

FCS [46]. With FRET, there are two types of probes, as with FCCS; however,

there is only one channel, and light is solely then detected when the two probes are

very close – close enough to ensure an interaction. The FRET signal is weaker than

with fluorescence but has the advantage that the signal is observed only during a

reaction, aside from autofluorescence.

2.7.3 Scanning FCS

In scanning fluorescence correlation spectroscopy (sFCS), the measurement vol-

ume is moved across the specimen in a defined way. The introduction of scanning is
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motivated by its ability to alleviate or remove several distinct problems like

photobleaching, not enough signal-to-noise ratio often encountered in standard

FCS, and, thus, to extend the range of applicability of fluorescence correlation

methods in biological systems [47]. Scanning FCS is a powerful technique for

accurate measurements of diffusion, even extremely slow one, like in cortex or in

membranes. Scanning FCS can be circular or linear [14,48,49] (Fig. 1). Two-focus

spatial scanning cross correlation measures diffusion without the necessity for

calibrating the detection volume and therefore greatly improves the accuracy

compared to the traditional FCS. The simple implementation in a commercial

laser scanning microscope should allow establishing scanning FCS as a standard

method for membrane studies.

More data are obtained by performing the experiment in multiple spatial points in

parallel using a laser scanning confocal microscope than getting adequate statistics

from a single-point FCS experiment, which onmembranes characterized by the slow

diffusion may take a prohibitively long time. This approach has been called image

correlation spectroscopy (ICS) [50]. Another variation of ICS performs a spatial

autocorrelation on images, which gives information about the concentration of

particles [51]. The correlation is then averaged in time. A natural extension of the
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Fig. 1 Scanning FCS. (a) In line-scan FCS, the detection volume is scanned in a linear manner on

the membrane. Cross correlation of pixels within one line and among different lines leads to the

full spatiotemporal correlation curves from which calibration-free concentrations and diffusion

coefficients can be determined. (b) The circular scan path in small-circle-scanning FCS causes

oscillations in the autocorrelation curve, permitting calibration-free concentration and diffusion

measurements. (c) Perpendicular scanning FCS. The detection volume is scanned in a linear

fashion perpendicularly through a vertical membrane. When the individual lines are arranged

vertically, the membrane is clearly visible. Membrane movements can be corrected for by shifting

each scan. Membrane contributions are added up to result in the fluctuation intensity trace from

which correlation curves can be calculated
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temporal and spatial correlation versions is spatiotemporal ICS (STICS) [52]. In

STICS there is no explicit averaging in space or time, only the averaging inherent in

correlation. In systems with nonisotropic motion, e.g., directed flow and asymmetric

diffusion, STICS can extract the directional information. A variation that is closely

related to STICS by the Fourier transform is k-space image correlation spectroscopy

(kICS) [53]. There are cross correlation versions of ICS as well [50].

Image correlation spectroscopy and its variations all were implemented on a

scanning confocal or scanning two-photonmicroscope. Extending the dimensions to

scanning whole images instead of just along a line, raster image correlation spec-

troscopy (RICS) [54] allows constructing diffusion and concentrationmaps of whole

cells and bridges the gap between FCS and image correlation spectroscopy (ICS).

Raster ICS (RICS) [54] and position-sensitive FCS (PSFCS) [55] incorporate the

time delay between parts of the image scan into the analysis. Also, low dimensional

scans, e.g., a circular ring [56], can access timescales between single-point and full-

image measurements. The scanning path has also been made to adaptively follow

particles [57].

One of scanning FCS schemes, which is ready to be used with a commercial

laser scanning microscope, is line-scan FCS. The detection volume is scanned

repeatedly on the membrane. Each line can be used to calculate an autocorrelation

curve. Since the detection volume is at different positions at various times, this

corresponds to a spatial correlation of the signal. Additionally, the cross correlation

of each line with every other line can be calculated. The length of the scan path and

therefore the velocity can be easily determined in line-scan FCS; thus, detection

volume does not require calibration, which makes the method very convenient.

Line-scan FCS measures diffusion coefficients and concentrations within minimal

measurement times due to the acquisition along the whole line, corresponding to a

simultaneous measurement with many confocal detection volumes. The usage of

line-scan FCS allows for the determination of the temperature dependence of

diffusion coefficients in membranes, what is not accomplishable by static confocal

FCS due to temperature-induced aberrations and therefore changes in the size of the

detection volume [14].

In contrast to scanning on a straight line, movements along a circular scan path

in the circle-scanning FCS benefit from avoiding any hysteresis effects or

inhomogeneities because of changing direction (Fig. 1). Circular scans can be

much faster than line scans, allowing measurements of faster diffusion in solution

[48]. Additionally, the precise knowledge of the radius of the scan path enables

calibration-free diffusion measurements [49]. Synchronization of scanning and data

acquisition allows for acquiring even the flow directions [55]. Unfortunately, the

circular scan path is not yet implemented in most commercial systems. The scan

radius for small-circle-scanning FCS is a few 100 nm and thus of the order of the

size of the detection volume itself. The scanning frequency should be chosen as

high as technically possible and preferably larger than 1 kHz. Determination of the

radius of the circle can be achieved with high precision by scanning over a grid with

affixed line spacing. Fitting the experimental correlation curve with the proper

model leads therefore to directly resolving the diffusion coefficients, not influenced

by optical artifacts and without calibration of the detection volume.
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Another version of scanning FCS technique is scanning FCS perpendicular to

the membrane plane. Measuring the diffusion in free-standing membranes is

important to clarify the surface contributions in mica- or glass-supported lipid

bilayers. Commonly used as examples of free-standing membranes are large

vesicles, such as GUVs. Ries et al. reported linear scanning FCS through an

equatorial plane of the vesicle to measure membrane diffusion in the presence of

excess free dye in solution, which usually masks less abundant slow components in

the correlation curves [14]. Correlating the corresponding time windows of a linear

scan resulted in a series of correlation curves. Due to the continuous scan path

intersecting the surface of the GUV, the membrane contributions from each scan

are added up, thus allowing the correction of membrane movements. Very long

measurement times are in this case suitable, permitting the measurement of very

slow diffusion as found for proteins in yeast cell membranes. In addition, the

autocorrelation curves are not influenced by membrane vibrations and movements

any more. Perpendicular scanning FCS can be implemented with a commercial

laser scanning microscope making use of multiple colors spanning the whole

visible range [13]. Scanning dual-color cross correlation enables quantitative bind-

ing measurements within membranes. Asynchronous scanning with two parallel

lines allows also to perform dual-focus scanning FCS for calibration-free diffusion

measurements in unstable membranes; however, the distance between the scan

paths needs to be determined. This is especially useful for FCS in deeper tissue,

where the refractive index mismatch causes a distortion of the detection volume

that depends on the depth of focus [58].

2.7.4 Spinning-Disk FCS and Spatial Mapping

Any of the image correlation spectroscopy methods can be performed on a spinning-

disk confocal microscope, which in practice allows to achieve faster imaging speeds

compared to a laser scanning confocal microscope. This approach has recently been

applied to diffusion in a spatially varying complex environment, producing a pixel

resolution map of a diffusion coefficient [59]. The spatial mapping of diffusion with

FCS has subsequently been extended to the TIRF system [60]. Spatial mapping of

dynamics using correlation techniques had been applied before but only at sparse

points [61] or at coarse resolution [62]. Recently, spatially resolved quantitative

measurements of protein abundance, mobilities, and interactions to study diffusion

processes and local dynamic equilibria inside mammalian cells have been

performed with a microscope based on light-sheet illumination that allows mas-

sively parallel fluorescence correlation spectroscopy technique [63].

2.7.5 Total Internal Reflection FCS

Total internal reflection fluorescence (TIRF) is a microscopy approach that is only

sensitive to a thin layer near the surface of a coverslip, which greatly minimizes
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background fluorescence. FCS has been extended to that type of microscope and is

called TIR-FCS [64]. Because the fluorescence intensity in TIRF falls off exponen-

tially with distance from the coverslip instead of as a Gaussian with a confocal, the

autocorrelation function is different.

Comparing to confocal FCS, the lateral extension of the TIR-excitation profile

is, at several micrometers, pretty large. To obtain a detection volume small enough

for FCS, a pinhole in the image plane is applied for lateral confinement. For

diffusion measurements in membranes, a tight lateral confinement is especially

important to reach reasonable diffusion times. The drawback of this approach is

significant out of focus photobleaching. Many fluorophores will get bleached in the

large excitation spot before they enter the detection area. As this can be a serious

limitation in the study of membrane diffusion, TIR-FCS is well suited to study

binding kinetics [64].

2.7.6 Stimulated Emission Depletion FCS

Stimulated emission depletion (STED) microscopy uses a confocal detection vol-

ume and a second laser with a beam profile in the shape of a donut [65]. This second

light pattern suppresses fluorescence emission due to depopulation of the excited

state via stimulated emission. Since it features zero intensity in the center, fluores-

cence is only emitted from a central region of the detection volume of 20–50 nm in

diameter. This approach has been used to realize far-field FCS with a subdiffraction

detection volume, [66] particularly in two-dimensional systems such as

membranes. Due to the small size of the detection volume in STED-FCS, it is

optimally suited to study small spatial heterogeneities, such as lipid rafts. Eggeling

et al. could show that certain raft-associated lipids, such as the ganglioside GM1,

are transiently trapped in domains of <20 nm, whereas nonraft lipids show free

diffusion even on these length scales [67].

2.7.7 Z-Scan FCS

Z-scan fluorescence correlation spectroscopy uses multiple focus planes to deter-

mine diffusion coefficients in membranes or supported phospholipid bilayers

(SPBs) without the need for extrinsic calibration. Focusing on different z-positions

around the plasma membrane allows the size of the detection area to be changed,

what was mentioned previously in Sect. 2.4.2 [40].

The approach can be used to discriminate diffusion modes. Z-scan FCS was

applied to study the diffusion of the fluorescent lipid analog DiI–C18 in the top

membrane of giant unilamellar vesicles (GUVs) in the electroformation chamber.

In contrast to SPBs, the intrinsic estimate of the radial waist might differ from the

one obtained by extrinsic calibration. The validity of the Z-scan approach under

these conditions was here described [68].
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3 Applications: FCS on Membranes

Since a couple of decades [69], it is widely accepted that the plasma membrane of

cells is not uniform but highly organized and dynamic, consisting of a multitude of

interacting subdomains within the lipid membrane [70]. The lateral heterogeneities

of the membrane have gathered the attention of the researchers, resulting in many

models of nonrandom molecular distribution with different names, e.g., lipid rafts,

microdomains, and confinement zones [70–76]. The membrane domains are con-

sidered highly dynamical structures known to be involved in signaling pathways

and other cellular processes [77–79]. FCS has proved to be a powerful technique for

examining the dynamic properties of lipid membranes. With single-molecule

sensitivity, FCS can also be used to measure diffusion coefficients, concentration

of fluorophores, size of particles, conformational changes, and association and

disassociation processes [80,81]. In this section, we briefly describe some of the

biological applications of FCS in lipid membranes, which are classified according

to the type of system studied.

3.1 Model Membranes

According to the raft hypothesis, cell membranes have lipid and protein

nanodomains enriched in sphingomyelin and cholesterol. Interestingly, model

membranes with a certain composition of saturated and unsaturated lipids and

cholesterol exhibit coexistence of liquid-disordered (Ld) and liquid-ordered (Lo)

lipid phases. Both Ld and Lo phases are fluid, but they do differ in their organiza-

tion: Lo phases are usually formed by saturated lipids and cholesterol and exhibit

tightly packed acyl chains, while lipids in Ld phase are usually unsaturated and

exhibit disordered acyl chains [72,82]. Due to the limitations to investigate cellular

rafts, model membranes exhibiting lateral segregation have been very helpful for

the study of the physical-chemical principles that govern cell membrane organiza-

tion. The two excellent model membrane systems normally used for FCS

measurements are giant unilamellar vesicles and supported lipid bilayers.

3.1.1 Giant Unilamellar Vesicles (GUVs)

Giant unilamellar vesicles (GUVs) are free-standing bilayers with diameters rang-

ing from 10 to 100 mm suitable for optical microscopy. They provide a single

spherical closed bilayer and with a cell-like curvature. As they provide a flat, free-

standing membrane, the focal volume could be either placed on the top or scanned

periodically through equatorial plane. GUVs prepared from ternary mixtures of

dioleoylphosphatidylcholine/sphingomyelin/cholesterol provide a very good model

for investigating the lipid spatial and dynamic organization using FCS. Kahya et al.
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[83] observed formation of domains with raft-like properties for a certain range of

cholesterol concentrations. The authors used FCS to analyze lipid mobility and

identify the effect of cholesterol in the lipid phases. In addition, it was shown that

the lipid mobility in sphingomyelin-enriched regions significantly increases at

higher cholesterol concentration. The results pinpoint the key role played by

cholesterol in tuning lipid dynamics in membranes.

Having known the importance of cholesterol in tuning the lipid dynamics in

membranes, a new Bodipy-labeled cholesterol (Bdp-Chol) [84] derivative has

been used to investigate membrane fluidity, lipid order, and partitioning in various

lipid phases in GUVs as a model system. This cholesterol analog adopts a similar

conformation to the parent cholesterol molecule itself, thereby partitioning into

lipid phases in a comparable manner. The translational diffusion coefficient of

Bdp-Chol measured using fluorescence correlation spectroscopy is 7.4 � 0.3

� 10�8 cm2/s and 5.0 � 0.2 � 10�8 cm2/s in the Ld and Lo phases, respectively.

Recently, Chiantia et al. [85] used FCS to measure the diffusion coefficient of the

fluorescent probes in asymmetric GUVs (with an inner leaflet composed of

dioleoylphosphatidylcholine (DOPC) and an outer leaflet composed of DOPC

and brain SM (bSM) using an mßCD-mediated lipid exchange). Another applica-

tion by Kubiak et al. [86] on bacterial model membranes indicated the presence of

gel-like domains, and the size of these domains depends on the chemical structure

and concentration of lipopolysaccharide. In order to analyze the biophysical

properties of myelin membranes, Yurlova et al. [87] applied FCS on model

membranes. They found that lipids are tightly organized and highly ordered in

myelin isolated from wild-type mice, but not from shiverer and ceramide synthase

2 null mice.

The membrane fluidity is controlled by the lipid composition, which is suscepti-

ble to oxidative attack by reactive oxygen species. FCS along with Raman spec-

troscopy has been successfully employed to characterize the lateral fluidity of

membranes and the structure of lipids in model membranes under oxidative attack

[88]. Hydroxyl radicals caused significantly increased membrane fluidity. The

ability of vitamins C and E to inhibit ROS-induced alteration of membrane fluidity

was also demonstrated with this study.

Furthermore, phase-separating GUVs have been used as a raft-mimicking sys-

tem to study protein behavior. Kahya et al. [89] reconstituted a GPI-anchored

protein, human placental alkaline phosphatase (PLAP), into domain-exhibiting

GUVs. With a combination of confocal microscopy and FCS, the authors

characterized the domain morphology, protein phase partitioning, and dynamic

behavior. The results showed that PLAP has a great affinity for raft-like domains

and it depends on subtle changes in lipid-lipid and lipid-protein interaction

energies. DPIDA is a protein-binding lipid designed to partition into ordered

membrane phases, and this can target proteins to liquid-ordered domains in lipid

membranes. FCS has been successfully applied to determine the diffusion rates of

DPIDA/DPPC/cholesterol containing domains verifying their liquid state. There is

an equal division of vesicles into bright and dark domains [90].
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Garcia et al. [91] performed FCCS to study protein-protein interactions within

model membranes. With this technique, the authors were able to study the binding

affinities of apoptotic proteins tBID and BCLXL in aqueous solution as well as

within the lipid bilayer using GUVs. From these studies, they found that tBID and

BCLXL interact in both environments, but their affinity is greatly enhanced by the

membrane environment (Fig. 2). FCCS also helped to characterize the oligomeri-

zation of VDAC in GUVs containing CL, PG, and two other anionic lipids [92]. The

authors concluded that the anionic lipids CL and PG play a role in the regulation of

VDAC oligomerization, which could play a role in apoptosis. The functional

oligomeric state of SecYEG has also been studied using the above-mentioned

technique. Fluorescently labeled SecYEG complexes were reconstituted into

Fig. 2 (a) Auto- and cross correlation analysis of protein/protein interactions in solution. The

fitted autocorrelation curves of tBIDred and BCLXLDCtgreen are shown in orange and green,
respectively. The amplitude of the fitted cross correlation curve (blue) indicates formation of

tBID-BCLXLDCt complexes. (b) Auto- and cross correlation global analysis of protein/protein

interactions within lipid membranes using two-focus scanning FCCS measurements in GUVs. The

orange and green lines correspond to the fitted autocorrelation curves of tBIDred and

BCLXLDCtgreen, respectively. The light blue and yellow lines show the two-focus analysis for

tBIDred and BCLXLDCtgreen, respectively. Interactions between tBID and BCLXLDCt in the

membrane are demonstrated by the amplitude of the CC curve (dark blue line). Thin black lines
depict raw data. (c, d) Quantification of tBID-BCLXLDCt complexes, expressed as a cross

correlation (CC) percentage, as a function of tBID concentration in solution (c) and in the

membrane (d)
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GUVs at low density. The results showed that SecYEG can form oligomers in the

presence of ATP and SecA [93].

3.1.2 Supported Lipid Bilayers

Supported lipid bilayers can be formed by thermal fusion of small unilamellar

vesicles (SUVs) or proteo-SUVs onto a mica support in the presence of calcium

(Fig. 3) [94]. The procedure is more protein friendly that in the case of GUVs, but

there might be unwanted interactions with the substrate that could hinder protein

mobility, leading to artifacts. FCS has been successfully applied in this model

membrane for the study of lipid and protein organization and their dynamics.

Ries et al. developed line-scan FCS to investigate domain-exhibiting supported

bilayers [95]. The authors investigated the diffusion and partition behavior of

fluorescent lipids in three commonly used phase-separating bilayers and to probe

the temperature dependence of diffusion in several model membranes and in

cellular plasma membrane patches. Their studies showed that the physical

properties of the liquid-ordered phase as a model for cellular rafts are strongly

influenced by (a) the specific chemical composition of the bilayer and (b) the

temperature, due to the high activation energy of this lipid phase.

A combined approach of atomic force microscopy (AFM), fluorescence imag-

ing, and two-focus sFCS was used to obtain structural and dynamical information of

the supported lipid bilayers. Partition and diffusion coefficients in the different

phases were measured with two-focus sFCS [96]. The same approach was used to

elucidate the effects of ceramides on structure and dynamic organization of bilayers

Fig. 3 Confocal image of a

supported lipid bilayer with

lipid composition of

dioleoylphosphatidylcholine:

sphingomyelin:cholesterol

(2:2:1) and exhibiting phase

coexistence. The liquid-

disordered lipid phase is

labeled with DiO (green).
Scale bar: 5 mm
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[94]. While AFM provides structural information based on topographical variations

between different lipid phases in supported lipid bilayers, FCS provides structural

information based on data on lipid dynamics that are acquired on a much faster

timescale. The results of this study show that the presence of ceramide affects the

lipid spatial organization and that ceramide displaces cholesterol from the liquid-

ordered phase [94,97].

Lieto et al. used a wide-field TIR-FCS approach to investigate the binding

characteristics of IgG antibody molecules to the Fcg receptor-2 bound to a glass-

supported lipid bilayer. Upon binding to the receptor, the autocorrelation curve

changed to a bimodal distribution where the quantification of the bound versus

unbound fractions as well as the Kd of the interaction (2.4–0.4 mM) could be

determined [64].

Dual-focus FCS was used to systematically study lipid diffusion in black lipid

membranes (BLM) as a function of ion valence and concentration in the

surrounding buffer. From this study, it was found that divalent Ca2+ ions slowed

down the lipid diffusion within charged membranes at high ionic strength [98].

Machán et al. [99] employed Z-scan FCS to characterize the interaction between

arenicin-1 and supported lipid bilayers (SLBs) of different compositions. Z-scan

diffusion law analysis indicated the presence of microdomains with less mobile

lipid and peptide molecules in negatively charged SLBs. Additionally, the FCS

results implied that arenicin-1 exists in the form of oligomers and/or aggregates

when interacting with membranes of both compositions. Przybylo et al. [100]

employed the similar method to compare the diffusion of BODIPY-tail-labeled

lipid in GUVs and SLBs. The results revealed that the lipid mobility in GUVs

(D ¼ 7.8 � 0.8 mm2s�1) is significantly higher than in the bilayer created on the

solid support (D ¼ 3.1 � 0.3 mm2s�1).

3.2 Cells

FCS has been successfully applied on the membranes of living cells mainly in order

to (1) characterize the lateral organization of the plasma membrane [42], (2) study

receptor dynamics in the plasma membrane [101], (3) investigate receptor-ligand

interactions [102–104], and (4) study oligomerization [105–107].

In an approach to identify the nanoscale membrane organization of live cells,

Lasserre et al. [108] used FCS and reported that highly dynamic nanodomains exist

in both the inner and the outer leaflets of the plasma membrane. They also showed

that these nanodomains play a critical role in the phosphatidylinositol-3 kinase/

AKT signaling pathway. Golebiewska et al. [109] used FCS to investigate the

occurrence of phosphatidylinositol 4,5-bisphosphate (PIP2) on the inner leaflet of

the plasma membrane. They microinjected micelles of Bodipy-TMR-PIP2 into

cells and measured its diffusion coefficient on the inner leaflet of the plasma

membrane of fibroblasts and epithelial cells by using FCS. Their results showed

that the diffusion coefficient of fluorescent PIP2 on the inner leaflet of fibroblast
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plasma membranes is significantly (two- to threefold) lower than that of PIP2 in

cellular blebs or in the outer leaflet of the plasma membrane and that of the

diffusion of other lipids (rhodamine-PE and DiD) in the inner leaflet.

With the application of Z-scan FCS, serotonin (1A) receptor has been shown to

exhibit confinement in cell membranes. The confinement could be a result of the

interaction of the receptor with the actin cytoskeleton. Depletion of cholesterol

caused cytoskeletal destabilization and reduced the receptor confinement [110].

As reported in many signaling pathways, ligand binding can induce receptor

oligomerization. One example of these is somatostatin receptors (SSTRs). Nor-

mally these receptors exist as monomers, but ligand binding can induce homo- and

hetero-oligomerization. FCS was used to demonstrate that ligand binding triggers

receptor clustering, leading to formation of dimers and higher-order oligomers

[102]. Another example of this kind is complex formation by the interleukin-4

receptor subunits [103]. Few more applications of FCS on ligand-receptor-binding

studies include (1) the quantification of A1-adenosine receptor-antagonist complexes

in single living cells [104], (2) the characterization of the lateral mobility of

receptor-ligand complex in cell membranes as in case of GABAA receptors [101],

and (3) insight into the dynamics of receptor-mediated signaling processes in living

cells [111].

Philip et al. [112], using single-point and scanning FCS, showed that the

bradykinin receptor can diffuse with mobility corresponding to dimers/small

oligomers as well as with mobility corresponding to higher-order aggregates.

This suggested that these proteins exist as dimers and further associate to form

higher-order signaling domains on the plasma membrane. FCS was also used in

studies of dysferlin homodimerization [105] and homo- and heterodimerization of

epidermal growth factor (EGFR) [106]. Garcia et al. [107] applied FCCS to study

the oligomerization of Equinatoxin II, which leads to reorganization of the plasma

membrane. The authors performed two-color, two-focus scanning FCS on the

membrane of the membrane blebs induced by Equinatoxin II (Fig. 4).

Recently FCS combined with far-field stimulated emission depletion (STED)

nanoscopy [113] was used to have detailed understanding of molecular

characteristics of nanoscale lipid trapping in the plasma membrane of living cells.

3.3 Organisms

A combination of static-volume, two-focus, and dual-color scanning fluorescence

correlation spectroscopy was used to analyze receptor-ligand interactions even in

the complex biological environment of fish embryos. Reis et al. [58] quantified the

mobility of fibroblast growth factor receptors Fgfr1 and Fgfr4 in cell membranes of

living zebra fish embryos and determined the in vivo binding affinities to their

ligand Fgf8.
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4 Conclusions

In this chapter, we discussed the principle, various experimental realizations, and

applications of fluorescence correlation spectroscopy to study organization and

interaction of membranes. FCS has proven very useful to determine concentrations,

diffusion coefficients, and binding parameters of biomolecules in artificial and

cellular membranes. We presented advanced implementations of FCS that greatly

increase the versatility and accuracy of the technique in biological membranes and

push the application to systems previously inaccessible.

Due to the fact that currently the field is very dynamic, novel variations of FCS

are continuously being developed. Also common problems like the photostability of

the fluorophores and the signal-to-noise ratio during the measurements have been

addressed for improvements. Novel strategies in data analysis tend to extract the

maximum of information from the single data set with low risk of possible artifacts.

Cell Blebs

c

a b

Fig. 4 Two-color, two-focus scanning FCS to investigate EqtII oligomerization in cells. COS-7 cells

treated with EqtII-Al488 and EqtII-Atto655 and incubated for 1 h at room temperature. (a) The two

foci of scanning FCS are depicted as parallel lines on one of the blebs measured. (b) Auto- and cross

correlation fitted curves of EqtII-Al488 and EqtII-Atto655. The positive amplitude of the cross

correlation curve (blue line) indicates direct EqtII/EqtII interactions. Raw data are shown in black
lines. FCS was measured on the membrane of cell blebs (c) induced by the toxin. Scale bar: 15 mm
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Fluorescence correlation spectroscopy has been presented to be the adequate

technique for investigation of membrane organization. FCS allows not only for the

determination of molecular interactions occurring within the scope of the mem-

brane but also every single experiment bring us closer to understand and decode the

function of its particular constituents. Gathering the whole package of information

together will let us depict a more clear, fundamental unit of life, a cell, and decipher

its substance.

References

1. Magde D, Elson EL, Webb WW (1972) Thermodynamic fluctuations in a reacting system:

measurement by fluorescence correlation spectroscopy. Phys Rev Lett 29:705–708

2. Ehrenberg M, Rigler R (1974) Rotational Brownian motion and fluorescence intensity

fluctuations. Chem Phys 4:390–401

3. Elson EL, Magde D, Elson EL, Magde D (1974) Fluorescence correlation spectroscopy I.

Conceptual basis and theory. Biopolymers 13:1–27

4. Magde D, Elson EL, Webb WW (1974) Fluorescence correlation spectroscopy II. An

experimental realization. Biopolymers 13:29–61

5. Thompson NL (1991) In: Lakowicz JR (ed) Topics in fluorescence spectroscopy techniques,

vol 1. Plenum, New York, pp 337–378

6. Rigler R, Mets U, Widengren J, Kask P (1993) Fluorescence correlation spectroscopy with

high count rate and low background: analysis of translational diffusion. Eur Biophys J 22

(3):159

7. Eigen M, Rigler M (1994) Sorting single molecules: application to diagnostics and evolu-

tionary biotechnology. Proc Natl Acad Sci USA 91:5740–5747

8. Rigler M (1995) Fluorescence correlations, single molecule detection and large number

screening. Applications in biotechnology. J Biotechnol 41:177–186

9. Krichevsky O, Bonnet G (2002) Fluorescence correlation spectroscopy: the technique and its

applications. Rep Prog Phys 65:251–297

10. Rigler R, Pramanik A, Jonasson P, Kratz G, Jansson OT, Nygren PA, Stahl S, Ekberg K,

Johansson BL, Uhlen S, Uhlen M, Jornvall H, Wahren J (1999) Proc Natl Acad Sci USA

96:13318

11. Ries J, Schwille P (2008) New concepts for fluorescence correlation spectroscopy on

membranes. Phys Chem Chem Phys 10(24):3487–3497

12. Enderlein J, Gregor I, Patra D, Dertinger T, Kaupp UB (2005) Performance of fluorescence

correlation spectroscopy for measuring diffusion and concentration. Chemphyschem

6:2324–2336

13. Ries J, Schwille P (2006) Studying slow membrane dynamics with continuous wave scanning

fluorescence correlation spectroscopy. Biophys J 91:1915–1924

14. Ries J, Chiantia S, Schwille P (2009) Accurate determination of membrane dynamics with

line scan FCS. Biophys J 96:1999–2008

15. Hebert B, Costantino S, Wiseman PW (2005) Spatiotemporal image correlation spectroscopy

(STICS) theory, verification, and application to protein velocity mapping in living CHO cells.

Biophys J 88:3601–3614

16. Ayuyan AG, Cohen FS (2006) Lipid peroxides promote large rafts: effects of excitation of

probes in fluorescence microscopy and electrochemical reactions during vesicle formation.

Biophys J 91:2172–2183

17. Thompson NL, Steele BL (2007) Total internal reflection with fluorescence correlation

spectroscopy. Nat Protoc 2:878–890

264 M. Zelman-Femiak et al.



18. Ries J, Ruckstuhl T, Verdes D, Schwille P (2008) Supercritical angle fluorescence correlation

spectroscopy. Biophys J 94:221–229

19. Medina MA, Schwille P (2002) Fluorescence correlation spectroscopy for the detection and

study of single molecules in biology. Bioessays 24:758–764

20. Mayboroda OA, van Remoortere A, Tanke HJ, Hokke CH, Deelder AM (2003) A new

approach for fluorescence correlation spectroscopy (FCS) based immunoassays. J Biotechnol

107:185–192

21. Hess ST, Webb WW (2002) Focal volume optics and experimental artifacts in confocal

fluorescence correlation spectroscopy. Biophys J 83:2300–2317

22. Kusumi A, Nakada C, Ritchie K, Murase K, Suzuki K, Murakoshi H, Kasai RS, Kondo J,

Fujiwara T (2005) Paradigm shift of the plasma membrane concept from the two-dimensional

continuum fluid to the partitioned fluid: high-speed single-molecule tracking of membrane

molecules. Annu Rev Biophys Biomol Struct 34:351–378

23. Fujiwara T, Ritchie K, Murakoshi H, Jacobson K, Kusumi A (2002) Phospholipids undergo

hop diffusion in compartmentalized cell membrane. J Cell Biol 157:1071–1081

24. Schwille P, Korlach J, Webb WW (1999) Fluorescence correlation spectroscopy with single-

molecule sensitivity on cell and model membranes. Cytometry 36:176–182

25. Bouchaud JP, Georges A (1990) Anomalous diffusion in disordered media – statistical

mechanisms, models and physical applications. Phys Rep Rev Sect Phys Lett 195:127–293

26. Saxton MJ (1994) Anomalous diffusion due to obstacles – a Monte-Carlo study. Biophys J

66:394–401

27. Schutz GJ, Schindler H, Schmidt T (1997) Single-molecule microscopy on model membranes

reveals anomalous diffusion. Biophys J 73:1073–1080

28. Kusumi A, Ike H, Nakada C, Murase K, Fujiwara T (2005) Single-molecule tracking of

membrane molecules: plasma membrane compartmentalization and dynamic assembly of

raft-philic signaling molecules. Semin Immunol 17:3–21

29. BrustMascher I, Feder TJ, Slattery JP, Baird B, Webb WW (1993) FPR data on mobility of

cell-surface proteins reevaluated in terms of temporally constrained molecular motions.

Biophys J 64:A354

30. Kenworthy AK, Nichols BJ, Remmert CL, Hendrix GM, Kumar M, Zimmerberg J,

Lippincott-Schwartz J (2004) Dynamics of putative raft-associated proteins at the cell

surface. J Cell Biol 165:735–746

31. Feder TJ, BrustMascher I, Slattery JP, Baird B, Webb WW (1996) Constrained diffusion or

immobile fraction on cell surfaces: a new interpretation. Biophys J 70:2767–2773

32. Tamm LK (1988) Lateral diffusion and fluorescence microscope studies on a monoclonal-

antibody specifically bound to supported phospholipid-bilayers. Biochemistry 27:1450–1457

33. Nicolau DV, Hancock J, Burrage K (2008) Sources of anomalous diffusion on cell

membranes: a Monte Carlo study. Biophys J 92:1975–1987

34. Berry H (2002) Monte Carlo simulations of enzyme reactions in two dimensions: fractal

kinetics and spatial segregation. Biophys J 83:1891–1901

35. Weiss M, Hashimoto H, Nilsson T (2003) Anomalous protein diffusion in living cells as seen

by fluorescence correlation spectroscopy. Biophys J 84:4043–4052

36. Gielen E, Vercammen J, Sykora J, Humpolickova J, Vandeven M, Benda A, Hellings N, Hof

M, Hof M, Engelborghs Y, Steels P, Ameloot M (2005) Diffusion of sphingomyelin and

myelin oligodendrocyte glycoprotein in the membrane of OLN-93 oligodendroglial cells

studied by fluorescence correlation spectroscopy. C R Biol 328:1057–1064

37. Bacia K, Scherfeld D, Kahya N, Schwille P (2004) Fluorescence correlation spectroscopy

relates rafts in model and native membranes. Biophys J 87:1034–1043

38. Gombos I, Steinbach GB, Pomozi I, Balogh A, Vamosi G, Gansen A, Laszlo G, Garab G,

Matko J (2008) Some new faces of membrane microdomains: a complex confocal fluores-

cence, differential polarization, and FCS imaging study on live immune cells. Cytometry A

73A:220–229

Fluorescence Correlation Spectroscopy to Study Membrane Organization and. . . 265



39. Wawrezinieck L, Rigneault H, Marguet D, Lenne PF (2005) Fluorescence correlation

spectroscopy diffusion laws to probe the submicron cell membrane organization. Biophys J

89:4029–4042

40. Humpolickova J, Gielen E, Benda A, Fagulova V, Vercammen J, Vandeven M, Hof M,

Ameloot M, Engelborghs Y (2006) Probing diffusion laws within cellular membranes by Z-

scan fluorescence correlation spectroscopy. Biophys J 91:L23–L25

41. Wenger J, Conchonaud F, Dintinger J, Wawrezinieck L, Ebbesen TW, Rigneault H, Marguet

D, Lenne PF (2007) Diffusion analysis within single nanometric apertures reveals the

ultrafine cell membrane organization. Biophys J 92:913–919

42. Lenne PF, Wawrezinieck L, Conchonaud F, Wurtz O, Boned A, Guo XJ, Rigneault H, He

HT, Marguet D (2006) Dynamic molecular confinement in the plasma membrane by

microdomains and the cytoskeleton meshwork. EMBO J 25:3245–3256

43. Schwille P (2001) Cross-correlation analysis in FCS. In: Elson EL, Rigler R, Elson EL, Rigler

R (eds) Fluorescence correlation spectroscopy. Theory and applications. Springer, Berlin/

New York, pp 360–378

44. Bacia K, Schwille P (2007) Practical guidelines for dual-color fluorescence cross-correlation

spectroscopy. Nat Protoc 2(11):2842–2856

45. Bacia K, Kim S, Schwille P (2006) Fluorescence cross-correlation spectroscopy in living

cells. Nat Methods 3:83–89

46. Remaut K, Lucas B, Braeckmans K, Sanders NN, De Smedt SC, Demeester J (2005) FRET-

FCS as a tool to evaluate the stability of oligonucleotide drugs after intracellular delivery. J

Contr Release 103(1):259–271

47. Mashaghi A et al (2008) Characterization of protein dynamics in asymmetric cell division by

scanning fluorescence correlation spectroscopy. Biophys J 95(11):5476–5486

48. Berland KM, So PT, Chen Y, Mantulin WW, Gratton E (1996) Scanning two-photon

fluctuation correlation spectroscopy: particle counting measurements for detection of molec-

ular aggregation. Biophys J 71:410–420

49. Petrasek Z, Schwille P (2008) Precise measurement of diffusion coefficients using scanning

fluorescence correlation spectroscopy. Biophys J 94:1437–1448

50. Wiseman PW, Squier JA, Ellisman MH, Wilson KR (2000) Two-photon video rate image

correlation spectroscopy (ICS) and image cross-correlation spectroscopy (ICCS). J Microsc

200:14–25
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80. Garcı́a-Sáez AJ, Carrer DC, Schwille P (2010) Fluorescence correlation spectroscopy for the

study of membrane dynamics and organization in giant unilamellar vesicles. Methods Mol

Biol 606:493–508

Fluorescence Correlation Spectroscopy to Study Membrane Organization and. . . 267
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Deciphering Cell Membrane Organization

Based on Lateral Diffusion Measurements

by Fluorescence Correlation Spectroscopy

at Different Length Scales

Vincent Rouger, Cyrille Billaudeau, Tomasz Trombik, Sébastien Mailfert,

Yannick Hamon, Hai-Tao He, and Didier Marguet

Abstract The plasma membrane delineating the cell is a complex multicomponent

assembly of lipids and proteins. Deciphering the lateral organization of this supra-

molecular complex on appropriate length and temporal scales is necessary to

unravel its implication in biological function. Here, we show how measurements

of diffusion may be taken to shed light on membrane function. We first describe the

current methods used to report lateral diffusion of membrane components. We then

focus on one fluorescent correlation spectroscopy (FCS)-based method, namely, the

spot variation FCS (svFCS), which allows the characterization of the modes of

molecular confinement within the plasma membrane of living cells. We next

illustrate with different biological systems the progress made toward improving

our understanding of cell membrane function. We also discuss the findings with

regard to the current view of nanoscale domains/assemblies as a general membrane-

organizing principle.
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1 Introduction

Biomembranes are complex systems which have been the focus of intensive

research. This is mainly because of their molecular composition and physicochem-

ical properties. For biologists, this supramolecular aggregate plays a key role as an

active barrier filtering the information that regulates the cell fate. For physicists, the

biomembranes are viewed as entities that are made of soft condensed matter

capable of building collective cohesion forces using solely weak molecular

interactions.

The Singer and Nicolson fluid mosaic model [1, 2], the central paradigm of

membrane biology for decades, emphasized greatly the fluid nature of the mem-

brane as the result of homogenizing driving force by Brownian molecular motion

and as such failed to perceive local inhomogeneities. Indeed, the ability to achieve

the formation of small domains by selective molecular interactions was

underestimated, associated for a long time with a lack of proper measurements at

the membranes of living cells.

In fact, our understanding of the cell membrane over the years has evolved from

it playing a passive role as a barrier surrounding cells to it having a more active

function integrating to some extent the chemical specificity of lipids into the

biomembrane lateral organization. Considering its two-dimensional fluid nature,

molecular motion would cover a large range of time and distance scales: from

atomistic scales ranging around tens of angstroms and with characteristic times of

picoseconds to very long spatiotemporal scales corresponding to membrane flow

and recycling or cell locomotion.

Within this wide scale range, the events occurring on micrometer and millisec-

ond scales are the focus of this review. In many cases, the mobility of membrane
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components is under some form of biological control external to the membrane.

For example, protein motion may be confined to domains by interactions with

peripheral structures such as the cytoskeleton or extracellular matrices. However,

molecular motion is primarily influenced by the intrinsic properties of the molecule

itself and of the membrane bilayer solvent: lateral diffusion relates to the mem-

brane viscosity and will ultimately influence the dynamics of the molecular

interactions taking place within or in the vicinity of the cell membrane. Therefore,

lateral diffusion and molecular interaction are intrinsically linked. As a conse-

quence, the membrane environment plays a key role in finely tuning biochemical

reactions.

From a strict physicochemical point of view, membrane inhomogeneity can be

considered as the direct consequence of a collective cohesion generated by weak

molecular interactions (or repulsions) between an extraordinary diversity of lipid

and protein components. Indeed, the amphiphilic structure of lipids, which

constitutes the matrix of any cell membrane, can itself form the basis of diversity

allowing over a thousand different species [3]. This results from the numerous

possible combinations of different polar head groups with two different hydro-

phobic tails of variable chain length and level of unsaturation of carbon-carbon

bonds. The molecular complexity of proteins is even more prominent with the

associated and intrinsic membrane proteins representing up to 30 % of the cellular

proteins. At the plasma membrane, most of them form multimeric complexes with

large domains extending out of the membrane and accounting for a significantly

larger area than that occupied by the transmembrane domains alone [4–6]. More-

over, a number of permanent or reversible posttranslational modifications are

made during the protein maturation pathway. Therefore, the spatiotemporal post-

translational status of a protein will delineate another level of inhomogeneity.

Finally, a significant level of asymmetry exists between the inner and outer

membrane leaflets as a result of the protein insertion within membranes and of

the asymmetric distribution of the different classes of lipids. From a biological

point of view, investigating the dynamics of plasma membrane organization with

appropriate spatiotemporal resolution and noninvasive approaches allowing the

characterization of local inhomogeneity in living cells has proven to be and still

remains a challenge.

The key issue is determining on which spatiotemporal scales membrane

inhomogeneities take place which will allow the investigation of a possible role

for such local organization on the regulation of biological functions such as signal

transduction. The lipid raft concept introduced in the 1990s has stimulated the field

of biomembrane research and has functionally implicated lipids in the regulation of

receptor functions (for review, see [7, 8]). Much controversy had emerged as to the

existence of such rafts, due mainly to the weak capability of investigating the cell

membrane with appropriate methodologies [9]. Today, advanced technologies have

produced compelling data depicting a lipid-based inhomogeneity within cell

membranes, the extent and duration of which vary according to the dynamic

association of membrane components [10].
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In the present review, we will focus on the fluorescence-based approaches which

have provided significant insight into the lateral organization of the cell membrane

and more particularly on spot variation fluorescence correlation spectroscopy

(svFCS). The rationale for recording FCS measurements at different spatial scales

of observation will be detailed. We will summarize the main results obtained in the

characterization of local inhomogeneity. In the last part, we will illustrate the

functional implications of such nanodomain organization on different signal trans-

duction mechanisms.

2 Lateral Diffusion in Cell Membranes by Fluorescence-Based

Methods

Microscopic techniques have been adapted to study dynamic processes in living

cells and more specifically to investigate membrane dynamics. Among them, the

most commonly used methods aim at recording signals from fluorescently tagged

proteins or lipids. Two classes of methods have been set up: those resolving single-

molecule motion with appropriate spatiotemporal resolution (single-particle track-

ing, SPT) and those based on analyzing the collective behavior of molecules

(fluorescence recovery after photobleaching (FRAP) and FCS). While the latter

methods do take an average of many events, specific experimental strategies have

been implemented which allow the resolution of potential inhomogeneity in the

diffusion characteristics of complex molecular events. Here, we aim to sum up the

principles behind these strategies and to discuss their advantages and caveats. Our

review will not however include discussion on the methods yielding quantitative

information on specific membrane environments which are based on biophotonic

microscopy in combination with specific fluorescent lipophilic tracers (e.g.,

Laurdan).

2.1 Single-Particle Tracking (SPT) and Related Methods

The SPT and related methods aim at tracking single objects over long periods

of time in order to investigate the diffusion characteristics at a single-molecular

level. Initially, SPT was based on recording on a wide-field microscope, and at

video rate, images of the light diffracted by submicrometer-sized particles (latex or

polypropylene beads, gold nanoparticles) attached to a molecule of interest via

specific interaction. The principle was to localize the particles in each image with

very high spatial resolution and, therefore, to build individual trajectories by

following their motion over time [11]. With the development of sensitive cameras

(i.e., electron-multiplying charge-coupled device camera, EMCCD), it has been

possible to extend the method to track fluorescently labeled molecules in living

cells [12, 13]. This methodological extension circumvents one major drawback

of the SPT method – the attachment of large objects on the molecule of interest.
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The commonly used fluorescent microspheres or quantum dots still have some

limitations relating to their size or weak determination of valence for the tagged

molecules potentially influencing the mobility of the molecules. Where possible,

one should privilege the use of minimally invasive single dye-tagged molecules.

Nowadays, SPT can be easily set up on regular microscopes in epi-, confocal, or

total internal reflection (TIR) fluorescence modes. With fluorescent tags, the spatial

resolution relates directly to the signal-to-noise ratio: the use of an EMCCD camera

in association with adapted image processing allows the localization of molecules

significantly below the diffraction limit imposed by classical optical physics (i.e., at

a few tens of a nanometer in the xy plane).
The data analysis follows three steps: (1) the localization of single molecules

within each frame, (2) the tracking of them over the stack of images via the

reconstruction of trajectories, and (3) the analysis of their diffusion based on their

trajectories. This image processing is computed by different algorithms [14, 15].

The localization of the molecule is commonly done by fitting a Gaussian function to

the intensity distribution of the fluorescent signal. An alternative method has been

proposed by designing a pattern recognition algorithm which improves the preci-

sion when tracking particles of finite size but only for two-dimensional motion [16].

The trajectory reconstruction frequently uses robust nearest-neighbor reconnection

algorithms. Trajectories are then usually analyzed by calculating the mean square

displacement (MSD) which represents the average distance that a molecule travels

during the lag time. The biological significance of the shape of the MSD as a

function of the lag time has to be compared with theoretical models taking into

account different geometries for two-dimensional diffusion in plasma membrane

(for review, see [17]). Tracing of a large number of targets expands the potential of

single-molecule approaches as well as the statistical relevance, with more

observations. Among the methods developed to challenge the high density, the

multiple-target tracing (MTT) algorithm gives accurate localization and exhaustive

detection, combined with integrated historical information of trajectories, in order

to provide efficient multiple-target reconnection [18]. Robustness was achieved by

minimum a priori hypotheses on the underlying diffusion phenomena and a mini-

mal set of parameters to adjust. Reconnection in turn allowed a posteriori valida-
tion of detected particles.

In conclusion, the SPT approaches have attracted a tremendous amount of

interest mainly due to their simple implementation on commercial microscopes

and to the beauty of the reported observations reaching nanometer-scale spatial

resolution and millisecond-scale temporal resolution at a single-molecular level.

Several aspects need however to be considered when performing single-molecule

fluorescence imaging. The molecule of interest must be detected by SPT at low

concentrations in order to distinguish individual fluorescent molecules without

overlap between their respective point-spread function (PSF). One should assume

that the molecules of interest are detected with the same probability. The light

intensity has to be maximized to achieve high SNR without photodamage. In the

meantime, the integration time of an image has to be adjusted to obtain a real

snapshot of the motion. This remains a strong limitation of this technique which
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inherently favors the examination of slowly diffusing particles. Moreover, it is

necessary to record images over long periods of time to accurately describe the

trajectories and identify subdiffusion on confined diffusion events. The quality of

the raw data recorded using minimally invasive fluorophores is strongly impaired

by photobleaching and weak SNR; this respectively limits the length of the

trajectories and the precision of localization. In this specific circumstance, the

MSD analysis averages multiple single-molecule trajectories. Moreover, there is a

need to improve the z resolution when trajectories are recorded on a cellular scale

over a long period of time. TIRF microscopy and the use of a cylindrical lens [19,

20] are current solutions to overcome this limitation.

2.2 Fluorescence Recovery After Photobleaching (FRAP)

With the regular implementation of a FRAP module on commercial microscopes,

this method is certainly the most popular technique to measure lateral diffusion in

cell membranes (for review, see [21]). Exploiting the intrinsic photobleaching

properties of fluorophores, the method is performed in a variety of ways. In spot

FRAP, the laser light focused through the objective of the microscope delineates a

small volume of excitation on a region of interest (ROI). A pulse of high laser

intensity photobleaches the fluorophores present in this ROI which is then observed

at low light of excitation in order to record the fluorescence recovery over time.

Organic fluorophores or fluorescent proteins can be used to label the molecule of

interest; in any case, the level of labeling has to be sufficiently high since the quality

of the fluorescence recovery will depend on the reservoir of molecules surrounding

the bleached ROI. The curve of the fluorescence intensity over time has an

exponential-like shape from which kinetic parameters such as the half-time of

recovery and the mobile fraction are quantified using appropriate fitting models

[22–25]. For membrane components, various processes may simultaneously con-

tribute to the overall recovery kinetics such as lateral diffusion, interactions, or

reactions of the surrounding fluorescent molecules. This is an ensemble averaging

method that is weakly sensitive to separate subpopulations with different

characteristics.

Nowadays, FRAP experiments are commonly performed on a laser scanning

confocal microscope rather than using a spot FRAP setup. Although the confocal

FRAP is easy to implement, it has some considerable drawbacks which have led to

significant discrepancies in the literature. Indeed, fluorescence recovery is biased if

the photobleaching step is slow by comparison with the lateral diffusion. This effect

is even more prominent for large ROI. Moreover, the fitting model has to integrate

not only the size but also the shape of the bleached ROI. Another drawback

concerns the FRAP experiments in general which are often associated with unde-

sirable effects relating to the photobleaching process locally generating chemical

reactions. While these are difficult to estimate experimentally in biological systems,

they might nevertheless significantly alter measurements.
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2.3 Fluorescence Correlation Spectroscopy (FCS) and Related
Methods

FCS-based methods are a compelling alternative to FRAP. In fact, FCS was

introduced by Magde, Elson, and Webb more than 30 years ago [26, 27] but only

gained a renewal of interest in the 1990s for the study of the dynamics in living

systems when it became possible to perform the observations on a microscope

platform [28, 29]. The principle is based on the recording of temporal fluctuations

in fluorescence emission in a small volume of observation. While the average

concentration of molecules is expected to remain constant for long time periods,

the value spontaneously fluctuates locally within the system due to Brownian

motion in space and as a Poisson process for chemical reaction. FCS has the

potential to describe phenomena which occur on nanosecond to second scales and

therefore can provide information about both kinetics and thermodynamic

properties of fluorescent molecules. The diffusion coefficient is classically

extracted by the temporal relaxation of the recorded fluorescence fluctuations.

In a system in thermodynamic equilibrium, these fluctuations are the result

either of the movement of the fluorescently labeled molecules in and out of the

excitation volume, due to, e.g., a change in local concentration, or to photo-

chemical processes of the fluorescent dyes, such as changes in intersystem crossing

to a nonfluorescent triplet state. Usually, the fluctuations due to lateral diffusion

occur on a more lengthy time scale than those due to photochemical processes, thus

allowing the separation of their respective contributions by appropriate statistical

analysis.

The experimental setup is quite simple. The laser beam is focalized by the

objective of the microscope as a small volume of excitation (~0.3 fL) on the plasma

membrane. The emitted photons are collected on a confocal mode by an avalanche

photodiode, and the signal can be immediately processed. The fluorescence

fluctuates due to molecular diffusion into and out of the observation volume.

Therefore, the diffusion process has a direct impact on the rate at which the

fluctuations dissipate within a temporal measurement, defined as a degree of

correlation. Data are usually immediately computed by calculating the autocorrela-

tion function (ACF), a statistical tool dedicated to the analysis of temporal signal

fluctuations. The shape of the ACF curve provides information on the time scale of

the fluctuations within a calibrated volume. It therefore allows a relationship to be

drawn between td and the lateral diffusion coefficient D.
The FCS-based approaches provide a suitably temporal resolution for studying

plasma membrane organization in living cells (see for review [30–33]). Moreover,

FCS is minimally invasive: it operates at low light intensity with low probe

concentrations (~nM range). This is of particular interest to overcome experimental

bias due to the overexpression of fluorescently tagged membrane components.

However, performing FCS measurements on living samples requires the careful

control of key parameters such as the concentration of fluorescent molecules,

labeling impact, or laser power. High concentrations mask the fluctuations in the
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signal intensity, and the recorded autocorrelation function becomes almost impos-

sible to fit properly due to the marginal contribution of the fluctuations. Fluorescent

dyes also need to be photostable; otherwise, molecules disappear before leaving the

excitation volume which can lead to an apparent reduced diffusion time. Laser

power must be adjusted to minimize photobleaching but yet provide a good count

rate per molecule over a long enough acquisition time.

To date, most observations on cell membranes have been made by FCS, a few of

which were made as a result of fluorescence cross-correlation spectroscopy

(FCCS), which extends the observation to two species to monitor interactions or

dynamic colocalization by spatiotemporal coincidence [34–36]. Moreover, differ-

ent FCS modalities such as scanning FCS [37–41], two-focus FCS [42, 43], or

z-scan FCS [44] have been beneficial with respect to the quantification of relevant

observables on cell membranes.

2.4 Conceptual Basis of Spot Variation FCS

In a complex membrane environment, establishing a diffusion coefficient value at a

single spatial scale of observation is of rather limited interest. Indeed, where the

lateral membrane organization is concerned, local inhomogeneity should exist as a

balance between intrinsic Brownian agitation and differential interaction among the

extreme diversity of membrane components. Any single molecule experiences a

combination of events over time including direct or indirect cytoskeletal

interactions [45, 46], molecular crowding, and confinement within lipid-dependent

domains. As a result, one should predict an overlapping distribution of the instant D
values. However, conventional FCS observations, i.e., at a single waist of observa-

tion, will only discriminate subsets of molecular components when their respective

diffusion coefficients D differ by a factor below ~1.6 [47]. Therefore, the autocor-

relation function is usually described by an anomalous diffusion model [48–50], but

assessing the biological significance of this model is rather difficult.

We have proposed to overcome this limitation by varying the focal excitation

volume in order to analyze the diffusion time td at different spatial scales [51–53].
This approach, namely, the spot variation FCS (svFCS), relates to the classical

Fick’s second diffusion law from which a strict proportionality between the diffu-

sion time td and the probed area (i.e., the square of the beam waist w2) is expected.

Experimentally, we evaluate on living cells the mean diffusion times of the

fluorescently tagged molecules through observation volumes of different sizes

which vary between 0.2 and 0.5 mm in radius [53]. Then, we plot td as a function

of w2. Two key observables are quantified: the inverse of the slope which relates to

the effective diffusion coefficient Deff and the intercept on the diffusion time axis,

namely, t0. Any deviation of the t0 from the origin is indicative of a potential

confinement of the molecule of interest. Therefore, the svFCS is a perfect analog to

single-particle tracking in the time domain [17, 54]. The experimental methods with

which to perform svFCS are detailed elsewhere [55].
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We can predict by simulations the possible effect of different geometrical

membrane architectures on svFCS observations (see Fig. 1) [51]. In the absence

of any constraint, the molecular motion is characterized by a constant diffusion

coefficient D corresponding to the mean surface explored by a molecule per unit of

time: the plot of td versus w2 is a straight line with a null value for t0 and a slope

inversely proportional toD. When adjacent permeable domains mimicking physical

barriers such as those imposed by the actin-based cytoskeleton [46] are introduced,

the molecules diffuse freely inside the domains (with a microscopic diffusion

coefficient Dm ) before reaching the barriers which can be crossed with a given

probability relating to the confinement strength. If the observation area is smaller

than l, the size of the meshwork, a linear regime is observed similar to the one

previously observed for free diffusion. At large observation volumes, the barriers

are perceived as obstacles, increasing the diffusion time as compared to free

diffusion. The plot of td versus w2 conserves the straight linearity, but the slope

is now proportional to an effective diffusion coefficient Deff, and the extrapolated t0
intercept takes a negative value. The Deff depends on Dm and the ratio tconf =tdom ,
where tconf andtdom are the confinement time and the diffusion time into the domain,

respectively. The negative t0 intercept is mainly dominated by tconf when tdom
becomes negligible. Recently, the offset of t0 was derived as a function of the size
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Fig. 1 Confinement models for membrane organization probed by svFCS – In the free diffusion

model (center panel), molecules can freely diffuse within the plasma membrane. On the contrary,

the presence of constraints modifies the diffusion of molecules. The presence of permeable barriers

in the adjacent domain model prevents the free diffusion of the molecules (bottom panel). In the

presence of isolated domains, the molecules can diffuse into and out of the domains where they are

transiently trapped (top panel). As a consequence, the diffusion times evaluated by svFCS reveal

three regimes by the plot of the diffusion time td as a function of the squared waist of observation

w2. The free diffusion model exhibits a strict linearity of td with w2 with a null intercept with the

time axis (t0 ¼ 0). In the presence of molecular confinement, the plot of the diffusion time (in a

range accessible by the optical diffraction limit) is characterized by an affine function which

exhibits an intercept with the time axis that is either negative ( t0<0) for adjacent domains or

positive for isolated domains (t0>0)
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parameter l and the effective diffusion coefficient as t0 � l2=ð36Deff Þ [56]. In a

third model, we introduced permeable isolated domains mimicking, for instance,

lipid-dependent nanodomains (see for review [32]). Particles can diffuse into

and out of such domains. The transit time td is the sum of the time the

molecules are freely diffusing and the time spent within domains. td depends

on the domain density, confinement strength, and diffusion coefficients inside

and outside the domains. The plot of td versus w2 reveals different regimes. For

small observation areas by comparison with the size of the domains, the plot is

linear such as the one observed for the free diffusion model. At larger scales of

observation, the plot conserves a straight linearity, but the slope is proportional

to an effective diffusion coefficient Deff, and the extrapolated t0 intercept takes a
positive value. In such an instance, t0 depends on the fraction of molecules a
confined within the domains and the confinement time t0 � 2aðtconf � tdomÞ, and
Deff is sensitive to the free diffusion constant and a by the following equation

Deff � ð1� aÞDfree. In a more detailed description for these parameters [57], the

positive t0 offset value is derived from general analytical expressions:

t0 ¼ bttrap exp � 4
ffiffiffiffiffiffiffiffiffiffiffi

1� b
p Dtrap

Dfree

� �

Deff ¼ ð1� bÞDfree þ bDtrap

where b ¼ ttrap=ðttrap þ tfreeÞ denotes the trapped time fraction, Dfree, Dtrap the

diffusion coefficient of free or trapped molecules, and ttrap and tfree the duration of

free or trapped status, respectively. t0 gives information on the confinement

strength.

To recapitulate on the interpretation of the svFCS experimental data, the plot of

td versus w2 is linear and intercepts the time axis origin in the case of Brownian

motion. Otherwise, the plot conserves a straight linearity, but the extrapolated t0
intercept correlates with the dominant mode of confinement: t0 becomes negative

for adjacent domains and positive for isolated domains. Although the svFCS

method offers the spatiotemporal resolution necessary to characterize in living

cells the inhomogeneous lateral organization of the plasma membrane, it is impor-

tant to stress that the geometrical modes of confinement are not mutually exclusive:

a deviation of t0 in one direction or the other solely reveals a dominant mode of

confinement [52].

Moreover, the svFCS method is limited by the classical optical diffraction limit

(i.e., ~200 nm). This limit is significantly larger than the domains confining the

molecules within the cell membranes; therefore, the analysis of the confinement is

deduced from the t0 value extrapolated from the plot of td versus w
2. This limitation

has been overcome by implementing the observations through single nanometric

apertures of radii varying between 75 and 250 nm [58], near-field optical scanning

microscopy [59], or more recently by combining FCS with the emerging STED

microscopy [60, 61].
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3 Dynamic Molecular Confinement in the Plasma Membrane

Within Microdomains and by the Cytoskeleton Meshwork

Revealed with svFCS Analysis

By performing svFCS analysis, we and others were able to examine the nanoscale

lateral diffusion of a number of proteins and lipid analogs in the plasma membrane of

different cell types (see for review [32]). The latter include both adherent (COS-7,

TE671, mouse embryonic fibroblast (MEF)) and nonadherent cells (T cell lines,

primary T and NK lymphocytes) [51, 52, 58, 62–69]. We observed that in general

the molecular diffusion in the plasma membrane is constrained by either meshwork

or domain/assembly organizations. While the first depends essentially on the actin

cytoskeleton, the second can be promoted by different mechanisms even though raft

domains presumably constitute the most prominently observed component (see

below). These observations led to the conclusion that cytoskeleton-based and raft-

dependent organizations are the two main compartmentalizing forces at work in the

plasma membrane.

3.1 svFCS Analysis Shows the Occurrence of Protein Hop
Diffusion in the Plasma Membrane of Living Cells

The motion of TfR-GFP in the plasma membrane of COS-7 fibroblasts is mainly

constrained by the meshwork organization as suggested by a negative t0 value

characterized in svFCS. Following depolymerization of F-actin, TfR-GFP recovers

an almost free-like motion. In addition, the t0 is even more negative when actin

polymerization is strengthened. TfR-GFP thus experiences the F-actin-based hop

diffusion in these cells, as previously observed in normal rat kidney (NRK)

fibroblast cells [70]. Altogether, these svFCS measurements performed with

drugs acting on the cytoskeleton permitted establishing that the mesh size for the

actin meshwork in COS-7 cells probed by TfR-GFP diffusion can be estimated at

~230 nm. These data appear in very good agreement with those obtained using the

electron microscope and freeze-fractured specimens for actin cytoskeleton meshes

in NRK cells [71]. This first set of observations has provided the proof of principle

that svFCS reaches similar levels of sensitivity as SPT methods with respect to

characterizing molecular confinement in living cells.

Moreover, Rose et al. [72] have found that at the surface of unstimulated primary

human CD4 T lymphocytes, the IL7 receptor complex exhibits hop diffusion due to

actin meshwork-dependent constraints, which could be released by depolymerizing

the F-actin using cytochalasin D. Based on an approach very similar to svFCS, by

producing the diffusion time td plot as a function of Dz2 using z-scan FCS (zFCS)
[44], it was recently reported that the serotonin1A (5-HT1A) receptor, which belongs

to the G protein-coupled receptor (GPCR) superfamily, also experiences actin

cytoskeleton-based hop diffusion at the surface of CHO-K1 cells and that this

behavior is not altered upon serotonin binding [73].
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3.2 svFCS Enables the Probing of Dynamic Membrane
Nanodomains/Nanoassemblies in the Plasma Membrane
of Living Cells

Identification of sphingolipid- and cholesterol-dependent nanodomains – As

recapitulated previously (see section “Conceptual Basis of Spot Variation FCS”),

svFCS analysis has the ability to detect dynamic molecular trapping into small

membrane domains as featured by the positive deviation of the t0 values [52].

Interestingly, some membrane domains were found to trap particular proteins and

lipids previously postulated to be enriched in the so-called raft domains, the

formation of which is believed to be promoted by condensation between

sphingolipids, particularly sphingomyelin, and cholesterol. We thought that these

entities could correspond to the long search for lipid rafts. Subsequent experiments

combining svFCS analysis with pharmacological treatments of the cells have

supported this hypothesis. Indeed, the membrane domains that trap fluorescently

labeled ganglioside GM1 (Bodipy-GM1) and GFP-conjugated glycosylphosphati-

dylinositol (GPI)-anchored proteins (GFP-GPI) were found to be sensitive to

sphingomyelinase (SMase) and cholesterol oxidase (COase) treatments. Neverthe-

less, SMase- and COase-mediated reactions also produce ceramide and

cholestenone, respectively: these products can potentially alter raft domain organi-

zation. To further assess the involvement of sphingolipids and cholesterol in

nanodomain formation, their synthesis was inhibited using myriocin and zaragozic

acid, respectively. Individual treatment with myriocin or zaragozic acid had at best

a partial effect on confinement of the GFP-GPI. The combined treatment, however,

fully suppressed such confinement, indicating domain abolishment [66]. Thus,

sphingolipids and cholesterol were found to act together and play an essential

role in promoting the formation of the membrane domains, thus indicating that

these entities are indeed lipid rafts.

Sensing raft nanodomains in both plasma membrane leaflets – By carrying out

svFCS with GFP-conjugated proteins solely attached to either the outer or inner

leaflet of the plasma membrane, lipid-dependent domains were found to be present

in the two leaflets. Since sphingolipids are abundant in the outer leaflet of the

plasma membrane, their interactions with cholesterol at this location presumably

participate directly in this domain formation. However, the contribution of

sphingolipids in the inner leaflet would be indirect considering the relative paucity

of this lipid species there. It is therefore hypothesized that lipid interdigitations

between the two leaflets or transmembrane proteins would contribute to this

organization [74].

Of interest, not only did the proteins that are integrated into the inner leaflet of

the plasma membrane exhibit raft-based constrained diffusion, the peripheral

proteins bound noncovalently to the inner leaflet lipids also exhibited the same

type of diffusion. Upon accumulation of phosphatidylinositol-3,4,5-triphosphate

(PIP3) in the plasma membrane inner leaflet following PI(3)K activation triggered

by the surface receptor stimulation, Akt/PKB is recruited to the plasma membrane
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via PIP3 binding, where it is phosphorylated and activated by membrane-localized

kinases. We found that raft disruption following inhibition of cholesterol and

sphingolipid biosynthesis inhibited Akt membrane association and phosphoryla-

tion, supporting the necessity for rafts in Akt signaling [66]. Furthermore, svFCS

analysis allowed the direct demonstration of Akt recruitment into PIP3-containing

raft domains. This example also illustrates that raft nanodomains could play an

important role in organizing signaling networks at the cytoplasmic surface of the

plasma membrane.

Lipid-dependent nanodomains were initially identified by svFCS on COS-7 cells

but have now been observed in many other cell types including primary mouse

embryonic fibroblasts, primary mouse T lymphocytes, human and mouse T cell

lines, or human NK cells [32]. However, we would like to emphasize that the svFCS

characterization of confinement within nanodomains is not systematically

associated with lipid-based nanodomains. For instance, for the neural cell adhesion

molecule (NCAM), a positive t0 was observed indicative of a dynamic confine-

ment within nanodomains that is insensitive to cholesterol and sphingolipid

membrane content and rather dependent on the integrity of the actin cytoskeleton

[64]. In this example, the confinement is also controlled by NCAM polysialy-

lation, the posttranslational addition of a polymer of N-acetylneuraminic acid

residues on the protein known to be an important regulator of NCAM functional

activity [64].

Essential characteristics of raft nanodomains –As already discussed, simulation

studies have showed that in simple situations, the t0 depends both on the partition

coefficient a and the confinement time tconf within the domain, which can be

expressed as t0 � 2a:tconf . From this, it could be concluded that molecules are likely

to be dynamically partitioned into rafts with a timescale of a few to tens of

milliseconds. Our models postulated that the molecules are transiently trapped

within discrete nanodomains and implicitly assumed that the trapping period is

either shorter than or equal to the lifetime of the nanodomain [51]. Therefore, the

models fitted situations involving either preexisting membrane domains or self-

promoting membrane complexes. In the latter case, tconf would therefore represent

the half-life of nanodomains.

Raftophilic molecules exhibiting affine diffusion regimes with positive t0
intercepts provide an estimation of the upper limit of the size of an average domain,

which is 60 nm in radius. In order to further investigate domain size, svFCS was

performed in COS-7 cells using nanometric apertures (nanoholes) of different sizes,

which can overcome the limit of spatial resolution set by the diffraction of light, as

illustrated in Fig. 2 for GFP-GPI [58]. For both Bodipy-GM1 and GFP-GPI, two

distinct diffusion regimes were observed when aperture radius was varied. Below a

characteristic radius value of ~100 nm, the transit time increased rapidly and

linearly as a function of nanohole area, with a diffusion regime intercepting the

origin. Above this value, transit time decreased dramatically and quickly resulted in

an affine diffusion regime. COase treatment led to a free-like linear diffusion,

comparable to that obtained with bodipy-coupled phosphatidylcholine (Bodipy-PC).

Considering the point of transition between diffusion regimes, the average
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confinement area that transiently trapped Bodipy-GM1 and GFP-GPI in COS-7 cells

was estimated to be 40 and 30 nm in radius, respectively.

Diverse molecular determinants are involved in the lipid-dependent
nanodomain partitioning of membrane proteins – The svFCS approach was used

to investigate the membrane dynamics of two members of the TNFR protein family,

Fas/CD95 and Fas ligand (FasL), in relationship to their biological functions [62,

63, 65, 67, 68]. By transducing signals inside cells upon mutual binding, they are

involved in various physiological and pathological mechanisms. In particular, Fas

is capable of transducing signals that lead either to cell death or to growth and is

thus involved in the regulation of cell development and homeostasis. We found that

both Fas and FasL are dynamically partitioned into raft nanodomains, and this

partitioning is required for FasL to efficiently interact with Fas and for Fas to

transduce cell death signals. One of the raft-targeting signals for Fas and FasL is

protein S-palmitoylation. Indeed, mutation of the cysteine residues that are respon-

sible for the palmitoylation of human Fas and FasL abolishes their partitioning into

raft nanodomains and strongly impairs their ability to elicit cell death [63, 65].

These findings also provide further evidence for the important role of raft

nanodomains in the function of the Fas-FasL system. However, beside protein

S-palmitoylation, other structural elements of Fas have been implicated in the

trapping of Fas within rafts. These include (1) an extracellular glycosphingolipid-

binding motif [67] and (2) a lysine-rich region in the cytoplasmic, membrane-

proximal region [68]. Thus, the raft-partitioning of Fas could be regulated by

different mechanisms, each of which may potentially be exploited to finely tune

the activity of Fas. This could then lead to the discovery of interesting targets in the

development of new therapeutic strategies against various diseases involving the

Fas-FasL system.
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Fig. 2 svFCS observation through nanometric apertures – Left panel: a metallic film deposited

onto a glass substrate had been drilled with nanometric apertures of radius between 75 and 250 nm.

FCS was then performed by collecting the fluorescence emitted light coming from a single

nanohole over the time allowing achieving observation areas below the optical diffraction limit.

Right panel: experimental plot of diffusion time td as a function of squared waistw2 of observation

for GFP-GPI molecules in COS-7 cells evaluated with classical svFCS and nanoholes. The

modification of cholesterol composition of the plasma membrane by COase modifies the diffusion

mode of GFP-GPI from a diffusion constrained by isolated domains enriched in cholesterol to free

diffusion
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3.3 Fence and Lipid-Dependent Confinements Are Two Major
Constraints that Impede the Diffusion of Membrane
Components

Altogether, these results indicate that membrane confinement originates from two

major processes: one mediated by the cytoskeleton meshwork and the other

depending on specific lipid interactions. TfR motion is mainly regulated by actin-

based membrane skeleton fences whereas the molecular confinement of the lipid

analogs, Bodipy-GM1 and Bodipy-SM, and the GFP-tagged GPI-anchored proteins

is mainly regulated by cholesterol and sphingomyelin. Our findings also suggest

that these two confinement mechanisms are not mutually exclusive but rather

simultaneously play a role in the diffusion of a given component. Very interesting

features are revealed when the motion of the transmembrane proteins, such as TfR-

GFP and DPPIV-GFP proteins, is monitored after treatments that disrupt the actin-

based cytoskeleton and/or modify the membrane cholesterol. Indeed, a single

treatment abolishing one of the two major hindrance mechanisms unmasks the

other. It is only following a double treatment that recovery of a free-like diffusion

law is observed.

4 Conclusion and Future Outlook

While SPT does gather images of individual molecules over time without masking

the molecular motion by an ensemble averaging, FRAP and FCS methods do still

offer the advantage of collecting a large amount of data and allow immediate data

analysis. Among the latter two methods, svFCS has proven to be one of the most

efficient experimental approaches at detecting molecular confinement within the

plasma membrane of living cells (Fig. 1).

Our results on the expression of TfR-GFP and DPPIV-GFP proteins in COS-7

have shown that the svFCS is sensitive to meshwork confinement. The good level of

agreement that we found with previous works on the lateral mobility of TfR

ascertained the validity of our new experimental approach [70, 71]. Moreover,

our experimental approach has provided compelling evidence for the existence of

lipid rafts in living cells. Such detection ability may be directly linked to the

structural features of raft nanodomains [7, 8]. The svFCS and related approaches

display high temporal resolution, access spatial information on a minute scale, and

are in general minimally invasive; high statistical accuracy is another prominent

trait of these methods.
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STED-FCS Nanoscopy of Membrane Dynamics

Christian Eggeling

Abstract Lipid-lipid and lipid-protein interactions such as the formation of lipid

nanodomains (often denoted “rafts”) are considered to play a functional part in

a whole range of membrane-associated processes. However, their direct and nonin-

vasive observation in living cells is impeded by the resolution limit of >200 nm of

a conventional far-field optical microscope. With the superior spatial resolution of

STED nanoscopy, it is now possible to directly resolve nanoscale membrane

organization. While direct imaging of membrane heterogeneities turns challenging

due to their fast dynamics, the combination of STED nanoscopy with tools such as

fluorescence correlation spectroscopy (FCS) allows the disclosure of complex

nanoscopic dynamical processes. By performing FCS measurements in observation

spots tuned to a diameter of down to 30 nm, new details of molecular membrane

dynamics have been obtained: Unlike fluorescent phosphoglycerolipids, fluorescent

sphingolipids are transiently (~10 ms) trapped on the nanoscale in often cholesterol-

and cytoskeleton-assisted molecular complexes. These interactions are distinct for

different lipids and may play an important role in cellular functionality. Compari-

son of the trapping characteristics to the organization of the different fluorescent

lipid analogs in model membranes reveals details of the role of lipid “rafts”. This

chapter reviews how STED-FCS may shed new light on the role of lipid-protein

interactions and nanodomains for membrane bioactivity.
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1 Introduction: Heterogeneity of Cellular Plasma Membrane

The plasma membrane plays a central role in cellular signaling. It envelopes the

cell, is built up by a lipid bilayer, and is constituted by a multitude of different lipids

and proteins (Fig. 1). It is well acknowledged that the plasma membrane is not just a

simple fluid system, whose molecular constituents diffuse freely as introduced in

1972 by the “fluid mosaic model” [1]. The plasma membrane is rather a highly

heterogeneous system with the embedded molecules usually showing highly anom-

alous diffusion patterns (e.g., [2–5]) (Fig. 1). Therefore, the plasma membrane is

more than a cellular envelope: The different membrane molecules interact and

fulfill important functions of cellular signaling. For a long time, only membrane

proteins were regarded (such as receptors of extra- and inner-cellular messengers)

and the surrounding lipids considered as a fluid system. In the meantime, lipids

have been acknowledged as a fundamental part of the functionality and regulation

of integral or associated membrane proteins (e.g., [4–6]). This follows from novel

experimental techniques and the recognition that membrane functionality is

governed by the extremely high structural and chemical diversity of lipids and

their highly heterogeneous spatiotemporal distribution [7, 8]. As an example,

specific lipid-protein interaction may result in a change of the protein’s conforma-

tional state, enabling or inhibiting the protein’s function (e.g., [9–13]). Lipids may

on the other hand also be direct molecular receptors of, for example, viral vesicles

or toxins, paving their way into or out of cells (for a review, see, e.g., [4, 5]).

Some signaling events may require a tight spatial packing of several proteins,

either of the same or different types. Such signaling platforms are often referred to

as membrane “rafts” or domains and may coalesce out of the above-mentioned

lipid-protein interactions (e.g., [2–5, 14]) (Fig. 1). The stabilization of such

platforms may occur spontaneously or be triggered by extra- or inner-cellular

events. Further, due to the higher local concentration of lipids and proteins, these

domains may be characterized by an increased molecular order, which may then
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also result in changes of the involved proteins’ structure and functionality. Promi-

nent examples of such platform-triggered processes include the modulation of cell

growth [15, 16], activation of lymphocytes such as T cells [17], viral uptake and

budding such as of HIV [7, 18, 19], or cellular internalization of molecules during

endocytosis [20–25] (for an overview, see, e.g., [4, 5]). Distinct lipid-protein

interactions often play a central role in these examples. For example, cellular

uptake and thus toxicity of the cholera toxin is triggered by its binding to the

ganglioside lipid GM1 (e.g., [21, 25]). The same lipid acts as a receptor and thus

initiator of internalization of the VP1 protein of the simian virus 40 (e.g., [24]).

Thereby, the binding affinity and thus the efficiency of the cellular uptake is

influenced by both the multivalency of the binding (i.e., the necessity to simulta-

neously bind several GM1 lipids) and the lipid structure. It has been shown that the

incorporation of these virus or toxins is most effective for saturated and long-

chained GM1 analogs, while short unsaturated GM1 analogs hardly facilitate this

process [24]. This observation supports the assumption that such processes are

realized by domains of tight molecular packing (such as “rafts”), since long

saturated lipids prefer areas of higher molecular order (e.g., [26–29]). Besides

these specific lipid-protein interactions, sphingolipids and membrane-associated

cholesterol seem to play a central role in the formation of these signaling platforms.

Quite a number of experiments showed that a lowering of the level of sphingolipids

and cholesterol resulted in an interruption or disorder of cellular signaling processes

(e.g., [4, 5, 30–33]).

The cortical cytoskeleton, underlying the cellular plasma membrane, plays

another central role in the membrane’s heterogeneous organization, dynamics,

and thus biofunctionality (Fig. 1). Proteins anchor to cytoskeletal structures such

as microtubule, actin, or spectrin at several points of the plasma membrane,

resulting not only in the stabilization of the latter but also in an immobilization or

disturbance of the mobility of membrane molecules (e.g., [34–37]). These

characteristics may on one hand stabilize the mentioned domains (e.g., [35, 38])

Fig. 1 Lipids and proteins are heterogeneously distributed in the cellular plasma membrane. This
heterogeneity stems from often cholesterol-assisted lipid-protein interactions (which may be the

basis for the coalescence of transient signaling platforms – denoted membrane domains or lipid

“rafts,” that is, spatially confined molecular assemblies of different lipids and proteins which are

essential for a cellular signaling event), an asymmetric molecular distribution to the inner and

outer leaflet of the bilayer, the underlying cytoskeleton (which is membrane-anchored via

proteins), and from the membrane curvature and pits (Adapted from [4])
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and on the other increase the interaction probability of less abundant molecules

(e.g., [39, 40]). Other membrane characteristics further influence membrane het-

erogeneity and organization, such as an asymmetric distribution of lipids to the

inner and outer leaflet of the plasma membrane (certain phospholipids are rather

found in the inner leaflet, while sphingolipids such as gangliosides rather prefer the

outer leaflet, see e.g., [41]) or the membrane curvature, which is pronounced at local

caveats such as caveolae (e.g., [42–46]).

2 Diffusion Modes of Membrane Molecules

The above-mentioned heterogeneities may in one way or the other restrict the

diffusion of membrane molecules. As a consequence, the diffusion of only a few

molecules appears free, that is, completely follows free Brownian motion, but the

mobility of most is hindered (i.e., anomalous or heterogeneous) (e.g., [34, 37, 47,

48]). For example, interactions between lipids and proteins and incorporation into

putative domains of high molecular order lead to a local, transient slowdown or

interruption of diffusion. As a result, the time to get from one point of the membrane

to another is prolonged, especially on small spatial scales (Fig. 2a). The influence of

the cytoskeleton filament can be manifold and becomes obvious when considering

its position relative to the membrane. On one hand, proteins may transiently be

arrested at the filament. On the other hand, proteins that are anchored along the

filament may be an obstacle for other diffusing molecules. These picket-fence-like

hindrances may thus split the membrane into compartments, and a molecule may

have to cross several of these barriers to get from one to another point of the

membrane (Fig. 2b). A logical consequence of this picket-fence model is that

molecules may show a hopping diffusion (see e.g., [34, 37]) and, even if diffusion

Fig. 2 Hindered diffusion of membrane molecules. Possible reasons are (a) transient molecular

interactions or incorporations into domains, which leads to an interruption or slowdown of

diffusion, or (b) compartmentalization of the membrane, which causes a “hopping” diffusion.

Compartments may result from the underlying cytoskeleton along which proteins are immobilized.

These picket-fence-like obstacles impede molecular diffusion from one compartment to the next.

Diffusion inside the compartments is free. In the case of the “hopping” diffusion, the macroscopic

diffusion from A to B is rather slow and the nanoscopic diffusion from A to B* rather fast, which is

the other way around for transient molecular interactions
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inside the compartments (i.e., on nanoscales) can be free and extremely fast [49],

their diffusion may be extremely slowed down on long spatial scales [47]. Further,

hindrances of molecular membrane motility may stem from other obstacles such as

membrane pits induced by clathrin or caveolae (e.g., [50]). Also, molecular

crowding may result in a slowdown of diffusion, since the mobility of molecules

may be retarded due to the proximity to immobilized or relatively slow-moving

molecules [51].

3 Detection of Membrane Heterogeneity: Optical Microscopy

The above arguments clearly indicate that a closer understanding of molecular

interactions and organizations in the plasma membrane (such as the formation of

signaling platforms or the influence of the cytoskeleton) may be essential for

insights into cellular functionality. This demands for the development of detection

technologies that can determine the spatiotemporal positions of various membrane

molecules with highest possible precision. Most of the membrane heterogeneities

are however highly dynamic, since the cellular plasma membrane is not in thermo-

dynamic equilibrium and a lot of structural characteristic change over space and

time. For example, most lipid-protein interactions seem to be transient, and also, the

cytoskeletal structures change over time. Consequently, it is very challenging to

directly map domains or protein-lipid interactions. Many experiments therefore fix

the cells and observe the state of a cell at a certain point of time. Unfortunately,

fixation may result in artifacts, or some membrane molecules might still be mobile

after fixation [52]. A complete picture of membrane organization and dynamics

therefore requires experiments on the living cell.

Optical microscopy has proven valuable for live-cell studies, since light is

minimally invasive (e.g., [53]). Often, the fluorescence readout is applied, where

the studied molecule (e.g., a membrane protein or a lipid) is labeled with a

fluorophore (Fig. 3a) and its fluorescence emission excited by, for example, a

laser and registered by a light detector (Fig. 3b). As a consequence, the position

of a labeled molecule can be followed over space and time. In a confocal fluores-

cence microscope, a laser beam is focused to a small spot by an objective lens,

which as well collects the emitted fluorescence and guides it onto a point-detector.

Scanning of the focused laser spot over the sample then allows reconstructing the

spatial distribution of the fluorescently tagged molecules. Similarly, in a wide-field

microscopy, a larger area of the sample is illuminated at once and the spatial

distribution of the fluorescence signal observed at once on a camera.

The aforementioned dynamics of the system make the direct imaging of the

heterogeneous distribution of fluorescently labeled molecules difficult [54–59].

Consequently, a confocal scanning image of the distribution of the fluorescently

labeled sphingolipid sphingomyelin (SM) (Fig. 3a) incorporated into the plasma

membrane of a living mammalian cell renders this lipid analog homogeneously

distributed (Fig. 3c) [60]. The following requirements have to be given in order to

be able to image heterogeneous distributions of the lipid: (1) The image acquisition
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time, that is, the speed of the scanning process, has to be faster than the dynamics or

diffusion of the lipid. (2) The spatial resolution of the image has to be larger than the

size of the heterogeneity, that is, the size of, for example, putative domains should

not be smaller than the resolution limit of the microscope. (3) The image will only

show a contrast if the labeled molecule distributes differently between different

heterogeneities: For example, more molecules have to be incorporated into domains

or complexes than diffusing freely. As becomes obvious throughout this chapter, all

three requirements are not fulfilled for the SM lipid when using conventional

microscopy [60]. Therefore, other techniques are necessary to observe the mem-

brane organization of this lipid with a larger contrast and a better spatiotemporal

resolution.

Spectroscopic techniques such as Förster resonance energy transfer (FRET)

(e.g., [6, 35, 56]) or the use of fluorescent dyes that specifically label certain

areas of the plasma membrane (e.g., [61, 62]) allow an observation of membrane

domains. However, such experiments may be biased since they either require an

Fig. 3 Far-field fluorescence microscopy of the distribution of lipids in the plasma membrane of
living cells. (a) Structures of the fluorescent lipid analogs phosphoethanolamine (PE) and

sphingomyelin (SM) both tagged with the organic dye Atto647N. Gray shaded area: ceramide or

sphingosine group of the SM lipid. (b) Principle of (confocal) far-field fluorescence microscopy: a

laser is focused by an objective lens to a diffraction-limited (�200 nm large) spot, where dyes are

transferred from their ground S0 to their excited state S1 and where de-excitation results in

spontaneous fluorescence emission. The fluorescence is collected by the same objective and imaged

onto a detector. A dichroic mirror (DC) splits the fluorescence from the excitation light. Scanning of

the sample relative to the laser results in an image of the spatial distribution of fluorescently tagged

molecules. (c) Scanning fluorescence image of the SM lipid analog incorporated into the plasma

membrane of live mammalian cells. Neither the temporal nor the spatial resolution of the micro-

scope is sufficient enough to resolve heterogeneous distribution of the lipids. Scale bar: 1 mm
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overexpression, that is, a too large concentration of the investigated molecules, or

membrane incorporation of the dyes, which both may induce changes of the

membrane.

4 Detection of Heterogeneous Membrane Diffusion:

Single-Molecule Techniques

The direct observation of hindered diffusion of labeled molecules (instead of

acquiring an instantaneous image) realizes a much better way of exploring mem-

brane heterogeneity (see e.g., [34, 37, 63]). A prominent method is the spatiotem-

poral tracking of single isolated fluorescent molecules (single-molecule or single-

particle tracking (SPT)). The emitted fluorescence signal is detected on a spatial

sensitive detector such as a camera or several point-detectors and the molecule’s

position determined over time with nanometer precision (e.g., [34, 37, 39, 40,

63–66]). Figure 4a shows representative spatiotemporal diffusion trajectories of

single SM lipid analogs, which reveal heterogeneous diffusion [66]. A statistical

relevant evaluation of such trajectories is the mean-squared displacement (MSD)
that the molecules on average experience during a time Dt. Diffusion is free for a

linear dependence MSD(Dt), while a deviation from this linear characteristic

depicts hindered or anomalous diffusion. The MSD(Dt) dependencies of the SM

analog and of a fluorescent phosphoglycerolipid analog (phosphoethanolamine, PE,

Fig. 3a) demonstrate a much more hindered diffusion of the SM compared to the PE

lipids in the plasma membrane of live mammalian cells (Fig. 4b). A more detailed

analysis of the single-molecule tracks revealed approximately 10-ms-long trapping

events for the SM lipids (i.e., diffusion is similar to that depicted in Fig. 2a), while

the diffusion of the PE lipids was interrupted for only 1 ms [66]. In the case of the

SM diffusion, the trapping events were strongly dependent on the cholesterol

content of the membrane: Depletion of cholesterol resulted in a weakening of the

anomaly in diffusion, that is, less pronounced trapping. Unfortunately, the nonlin-

ear MSD(Dt) dependencies as depicted in Fig. 4b might in principle also be

described by a hop-like diffusion (compare Fig. 2b) [67]. As a consequence, an

accurate assignment of a diffusion mode is often not feasible. Further, either a large

number of short or very long trajectories are required for a statistically relevant

analysis, which usually entails long and/or extensive measurement times. On the

other hand, the recording of especially long trajectories as well as a high spatiotem-

poral resolution demands for extremely bright and photostable fluorescent labels

[68]. Therefore, SPT often employs large and bulky markers such as 20–40-nm-

large gold beads or 10-nm-large quantum dots, which may themselves influence

and thus bias the diffusion of the marked molecule [69].
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5 Detection of Heterogeneous Membrane Diffusion: FCS und

FRAP

Methods such as fluorescence recovery after photobleaching (FRAP) [70, 71] or

fluorescence correlation spectroscopy (FCS) [47, 72–74] usually require much

shorter measurement times and small labels to acquire statistically relevant

conclusions about the diffusion behavior of the investigated molecules. This

follows from the fact that both techniques simultaneously observe the diffusion

characteristics of a multitude of single molecules, which in SPT is only approxi-

mated by a large field of view and/or the use of photoswitchable fluorophores

(e.g., [75]).

Fig. 4 Far-field fluorescence spectroscopy of the diffusion of lipids in the plasma membrane of
living cells. (a, b) The observation of single fluorescent molecules over time and space (single-

particle tracking, SPT) reveals hindered diffusion: (a) exemplary trajectories of the SM lipid

analog through a �200-nm-large observation area and (b) the mean-squared displacement MSD
(Dt) traveled over a time Dt for the PE (black), SM (red), and SM analog after cholesterol oxidase

(COase) treatment for cholesterol depletion (green). The more MSD(Dt) deviates from a linear

dependence, the more hindered the diffusion. (c, d) FRAP data of the PE and SM diffusion: (c)

confocal scanning images of the spatial distribution of the still fluorescent lipid analogs right after

(left) and 2 h after (right) photobleaching the 10 � 10-mm2-large area marked by the white square
(the inhomogeneous distribution of fluorescence results from fluorescent lipids already

incorporated into the cell). (d) The recovery of fluorescence results from diffusion of

nonphotobleached lipid analogs into the bleached area over time, and it is almost complete and

very similar for PE and SM (diffusion coefficient 0.5 mm2) revealing no anomalous diffusion. (e, f)

Confocal FCS data of the PE and SM diffusion through the 240-nm-large diffraction-limited

observation area: (e) representative correlation data reveal slightly slowed down but still normal

diffusion for SM in comparison to PE. (f) A plot of the average transit time tD(A) for observation
areas of different size A (svFCS) can reveal more details of hindered diffusion by extrapolation to

the nanoscale, such as plotted for free diffusion, diffusion with transient interactions or domain

incorporation, and hopping diffusion. The diffraction limit prevents a direct observation at the

relevant nanoscopic spatial scales
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In FRAP, all fluorescent molecules within a micrometer-large area are

photobleached (i.e., turned nonemissive) and the recovery of the fluorescence

from this area detected as nonphotobleached molecules diffuse in. The recovery

curve allows the determination of diffusion coefficients and fractions of immobile

species. Instead of photobleaching, one may also institute photoswitchable fluores-

cent labels [76].

In FCS, the temporal fluctuations of the observed fluorescence signal are moni-

tored over time as molecules diffuse in and out of the observation area or volume

(e.g., given by the micrometer-large focal laser spot of a confocal microscope [77]),

and the correlation function of these fluctuations is calculated. The decay time of

this correlation function usually renders the average transit time of the molecules

through the observation area. Hindrances in diffusion therefore either result in a

shift of the correlation curve toward larger times or an anomaly or stretching of the

decay.

Figure 4c–e show representative FRAP and FCS data of the SM and PE lipid

analogs in the plasma membrane of live mammalian cells. In contrast to the SPT

experiments, which outlined vast differences between SM and PE diffusion

(Fig. 4b), the FRAP and FCS data only indicate slight differences. The FRAP

recovery curves of SM and PE are basically indistinguishable, while the FCS

decays are only slightly shifted: The transit time through the approximately 240-

nm-large observation area is �20 ms for the PE and �30 ms for the SM lipid, but

the diffusion is not anomalous for both (i.e., the decays are not stretched) [60].

These data therefore indicate that SM is just diffusing slower than PE but still

homogeneous, which contradicts the results from the SPT experiments.

6 The Resolution Barrier of Optical Microscopy

The aforementioned microscopy experiments were performed in the optical far-

field. This means that the focal spot of the laser is placed several micrometers away

from any optical element, which allows a least invasive observation of the living

cell. This is realized by using optical lenses and propagating beams. Unfortunately,

since far-field optics introduce the diffraction of light, the spatial resolution of such

a lens-based microscope is limited to about 200 nm [78]. A laser can therefore not

be focused, or a point emitter (such as a small fluorophore) cannot be imaged to a

smaller spot than these 200 nm in diameter. As a consequence, a far-field micro-

scope cannot distinguish alike molecules that are closer together than 200 nm, and

the structures below this size will appear blurred in the final image. In SPT, this

issue is solved by detecting only single isolated (>200 nm apart) molecules and

determining the central position of their blurred image spots. FRAP and FCS

experiments are however limited by diffraction, and therefore, these measurements

will average over nanoscopic hindrances in the diffusion characteristics when

applied with far-field optics. For example, slowed down but free diffusion cannot

be distinguished from diffusion with one or two transient traps during the transit
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through a >200-nm-large observation area, since in the latter case, every molecule

will experience at least one trap (as for the SM diffusion [60]), that is, there will be

no inhomogeneity in molecular transit times.

A way around this constraint has been suggested by spot-variation FCS (svFCS,

[47, 60, 79, 80]). In svFCS correlation, data is recorded and the transit time tD
determined for different areas A of the observation area (above the diffraction

limit). The dependence tD(A) allows more detailed information of diffusion

modes: A linear dependence is expected for free Brownian diffusion, while

hindrances in diffusion (even on the nanoscale) will result in a nonlinear depen-

dence (Fig. 4d). This nonlinearity is different for different modes of hindered

diffusion as depicted for transient trapping and hopping. Using svFCS in 200-nm-

to >1-mm-large observation areas, the diffusion characteristics of several different

membrane lipids and proteins could be assigned to these modes [81]. Unfortunately,

this assignment was only realized by an extrapolation to even smaller areas (e.g., by

testing the intercepts of the tD(A) dependence), and further details of the molecular

dynamics such as a trapping period or area could only be estimated. Further, it

cannot be ruled out that the tD(A) dependence will be different for smaller A as

approximated. Precise FCS measurements on the relevant scales, that is, with

observation areas <200 nm, would provide the desired details. For example,

trapping observed with small A will be much more visible: Now both the probabil-

ity of being trapped during a transit would be much lower than one, and the trapping

time would be much larger than the transit time of free diffusion, rendering highly

heterogeneous molecular transits (some molecules would transit very fast and some

very slow) and thus highly anomalous or stretched FCS data. A possible realization

is the combination of FCS with sub-diffraction, super-resolution microscopy such

as STED nanoscopy (STED-FCS) [82, 83].

7 Optical Microscopy with Sub-Diffraction Resolution: STED

Nanoscopy

Starting in the 1990s [84], developments in optical fluorescence microscopy have

realized the distinction of alike sub-diffraction features with a far-field fluorescence

microscope (see e.g., [85]). The key for truly surpassing the diffraction barrier lies

in the spectroscopic properties of the fluorescent markers, specifically in the

possibility to modulate or reversibly inhibit their emission in space and time

[86–88]. The first of such a super-resolution microscope or nanoscope was based

on stimulated emission and dubbed stimulated emission depletion (STED) micros-

copy [84, 89]. In its usual implementation, an additional laser is added to a

conventional point-scanning far-field microscope which inhibits fluorescence emis-

sion everywhere but at the center of the of the exciting laser focus (Fig. 5a). The

wavelength of this second laser is tuned to the red edge of the fluorophore’s

emission spectrum and induces the stimulated de-excitation of the fluorophore’s
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excited (and fluorescent) electronic state (Fig. 5b). By detecting only the spontane-

ous (and not the stimulated emission), the registered signal is efficiently decreased

and completely switched off by increasing the intensity of the STED laser (Fig. 5b).

The introduction of a phase plate into the STED beam realizes a distortion of its

wave front and an intensity distribution of the focus that features one or several

local zeros, such as a doughnut-shaped intensity distribution (Fig. 5a). Conse-

quently, increasing the intensity of the STED beams drives the area in which

fluorescence emission is still allowed to smaller and smaller sub-diffraction scales

(Fig. 5c). The spatial resolution of the STED microscope is therefore tuned by the

intensity of the STED laser, which – as will be shown later on – is one of the central

features of STED-FCS.

Fig. 5 Principles of far-field fluorescence STED nanoscopy. (a) Besides the fluorescence excita-
tion laser, a second STED laser is introduced, whose wave front is altered by introducing a phase

plate in such a way that, for example, a doughnutlike intensity distribution of the focused beam is

realized. The overlay of the excitation and STED foci inhibits fluorescence emission everywhere

but at the focal center leaving a sub-diffraction-sized area where emission is still allowed: the new

observation area. (b) Inhibition of fluorescence emission by the STED laser is realized by

stimulated emission, where the fluorophore in its excited state S1 is de-excited to its ground state

S0 more efficiently than the spontaneous fluorescence. The efficiency of this inhibition increases

with the power of the STED laser, and fluorescence inhibition is efficiently switched off above a

certain power threshold. (c) The diameter d of the observation area scales with the power of the

STED laser
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At first, STED microscopy was realized with both the excitation and STED laser

in a pulsed mode [89, 90]. By letting the STED pulse swiftly follow the excitation

laser, the fluorescence inhibition process is optimized, since the STED laser

approaches the dye in the right condition: in its excited state. STED microscopy

has however also been realized with continuous-wave lasers [91], an approach that

has recently been significantly improved by the use of a gated detection scheme

[92].

8 Detecting Heterogeneous Membrane Dynamics with STED-

FCS

Figure 6a shows representative STED-FCS data of the fluorescent SM and PE lipid

analogs in the plasma membrane of live mammalian cells [60]. These correlation

data were recorded with an observation area of 40 nm in diameter as tuned by the

STED intensity, and, in contrast to the diffraction-limited confocal data (compare

Fig. 4e), show vast differences between the two lipids. While PE transits the

observation area in on average 0.5 ms, the SM requires on average 3 ms. Further,

the FCS data of PE can be described by normal, free diffusion, while the FCS curves

of SM are more stretched and can only be described by an anomalous hindered

diffusion. Following treatment of the cells with cholesterol oxidase (COase), which

oxidizes and thus depletes cholesterol in the plasma membrane, diffusion of SM is

very similar to PE (Fig. 6a), and one can follow that hindered diffusion of SM is

cholesterol-assisted.

9 Details from the STED-FCS Experiments: Measurements at

Different Sizes of the Observation Area

One can use the principle of svFCS (compare Fig. 4f) to determine the details of the

hindrances in SM diffusion. Since the variation of the STED intensity allows tuning

the observation area, the dependence of the transit time tD on the size of the

observation area A can now be expanded to nanoscopic spatial scales below the

diffraction barrier. Figure 6b shows the values of tD determined from the FCS data

of the SM and PE lipid analogs in the plasma membrane of living cells recorded for

different STED intensities, that is, for different diameters d ¼ 30–200 nm of the

observation area A ¼ p (d/2)2 [60]. The resulting dependencies tD(A) are linear for
PE and nonlinear for SM, which confirms the almost free diffusion of PE and the

trapped diffusion of SM. It becomes obvious that the transit times tD of SM do not

change for small areas A with diameters d < 70–80 nm. This independency can

only be explained that the transits are now ruled by transient trapping. A closer

analysis of the FCS data as well as a comparison with Monte Carlo simulations
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(Fig. 6b) showed that the SM lipids are transiently arrested for about 10 ms on

average every 10 ms (with a diffusion coefficient of�0.5 mm2/s every 200–300 nm)

and that the SM lipids hardly move during trapping (Fig. 6c) [60, 93]. Most

probably, the lipids interact with other molecules such as membrane proteins,

which are either relatively slow moving or even immobilized. In this respect, one

can analyze the STED-FCS data with a model introducing transient binding of the

diffusing lipid to a fixed or comparatively slow-moving particle with effective

encounter and off-rates kon and koff, respectively. This model is valid if the trapping

time 1/koff is much longer than the average time the freely diffusing molecule would

spend in the observation area (in this case, the diffusion is reaction-dominated and

one can describe the STED-FCS data by the usual diffusion term and an added

exponential term) [83, 94]. The model fitted the STED-FCS data accurately and

Fig. 6 STED-FCS measurements of lipid diffusion in the plasma membrane of living cells. (a)
Representative STED-FCS data (d ¼ 40 nm) of PE, SM, and SM after cholesterol depletion

(-Chol). The SM data can only be described by anomalous diffusion (black line: fit of normal

diffusion) and reveal a cholesterol-assisted hindered diffusion of the SM lipid analog. (b) The

dependency of the transit time tD for different sub-diffraction-sized observation areas A ~ d2 (as
tuned by the STED laser power) shows an almost free diffusion (linear dependence, gray line
diffusion coefficient 0.5 mm2/s) for PE and SM after cholesterol depletion and a hindered diffusion

(nonlinear dependence) for SM (upper panel linear-linear and lower panel log-log plot). The

minimal change of tD for very small observation areas (gray horizontal line) and Monte Carlo

simulations indicate that the hindrance in diffusion is caused by transient complexes with either

relatively slow-moving or immobilized membrane molecules (red dotted line) and not by

incorporation into � 20-nm-large domains, where diffusion is slowed down (green dotted line).
(c) Schematic drawing of normal PE and hindered SM diffusion (cross: points of interactions or
complexes). The direct observation of these transient interactions is possible with the small

observation area of the STED nanoscope (green circle) but impossible with the large

diffraction-limited observation area (gray dashed circle). (d) A special analysis of the STED-

FCS data results in an average effective encounter rate kon � 80 s�1 and an average off-rate

koff � 80 s�1 of the SM interactions. An accurate determination of these rates is impossible for

observation areas with diameters d > 60 nm (gray shaded area)
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resulted in values of kon and koff in the range of 80 s
�1 for SM, that is, trapping times

1/koff � 12.5 ms for these complexes [83]. An appointment of these rates was

impossible for diffraction-limited or even >60-nm-large observation areas (since

in that case, the transit through the observation area is not reaction-dominated

anymore) (Fig. 6d). The values of kon and koff render an equilibrium constant

K ¼ kon/koff � 1, that is, at a certain point of time 50 % of all SM lipids are

bound (and immobilized) and 50 % are freely diffusing. As a consequence, there

will be no contrast between bound and unbound, and it is impossible to image this

heterogeneous distribution of lipids, even with a STED nanoscope [60]. The

mobility of SM after cholesterol depletion as well as after depolymerization of

the underlying cellular cytoskeleton is almost free (similar to PE, Fig. 6b),

indicating on one hand that either the binding interaction or the immobilization of

the binding partner is cholesterol-assisted and on the other hand that the binding

partner is linked to the cytoskeleton [60, 93]. In contrast to SM, PE interacts only

weakly with effective encounter and off-rates of kon � 190 s�1 and koff � 800 s�1,

respectively, showing that PE diffuses almost freely [83].

10 Summary

The observed cholesterol- and cytoskeleton-dependent interactions of the fluores-

cent sphingolipids SM are well described by transient (~10 ms long) binding to

relatively immobile binding partners and only undeceived by STED-FCS. The

>200-nm-large diffraction-limited observation areas average over details on the

nanoscale (compare Fig. 6c). The binding partners are most probably membrane

proteins, whose mobility is restricted by the cytoskeleton. We can exclude that the

lipids move during trapping, that is, it does not wander around inside a domain (or

“raft”), where diffusion is slowed down. However, because we observed the

dynamics of single molecules only, we cannot rule out the possibility that additional

lipid or protein molecules were (temporarily) included in this complex. However,

the complex is not of very high molecular order which is shown by a comparison

with experiments on model membranes [93, 95, 96]. A model bilayer membrane of

a ternary mixture of unlabeled saturated SM, unlabeled and unsaturated

phosphoglycerolipids, and cholesterol separates into two different phases: a

liquid-disordered and fluid Ld phase, which mainly includes the unsaturated lipids,

and a liquid-ordered and less fluid Lo phase of higher molecular order, which

mainly includes the saturated lipid and cholesterol (see, e.g., [26, 28, 29]). The

Lo phase is often considered as a physical model system for membrane domains or

“rafts” in the plasma membrane of living cells (e.g., [4, 5]). Unfortunately, the

labeled SM analog does not partition into the Lo phase of this model system, but

favors the Ld phase (Fig. 7a). Consequently, the lipid analog will also not be able to

stain areas (or domains) of high molecular order in the plasma membrane, which

therefore will be missed by the previously mentioned STED-FCS experiments. The

observed strong interactions of the SM analog are therefore not driven by
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differences in molecular order, that is, the results of STED-FCS and phase separa-

tion experiments are not correlated. Rather, strong differences in the trapping

characteristics of different saturated lipid analogs (which all hardly enter the Lo

phase) have been observed [93, 96]. For example, the fluorescent PE analog

partitions similarly poor into the Lo phase as the SM analog, but interacts much

weaker with other constituents (Fig. 7b). Further, an elaborate study on a multitude

of different lipid analogs using STED-FCS has shown that neither the properties

and position of the dye label nor the partitioning characteristics of the analog but

rather the chemical structure of the lipid influenced the transient trapping [93, 96].

Mainly the ceramide (i.e., the NH und OH-) unit of the lipid backbone (gray in

Fig. 7c) was responsible for cholesterol- and cytoskeleton-dependent interactions,

probably via hydrogen bonds. However, also the polar head groups of, for example,

gangliosides lipids such as GM1 induced transient binding, however less efficient

and independent of cholesterol and the cytoskeleton [93]. In general, the interaction

strength, frequency, and duration seemed very lipid specific, which points to

specific and functional lipid-protein bindings. Maybe, these interactions exposed

by the STED-FCS experiments are those lipid-protein affinities that are the physi-

cochemical basis of the coalescence of several molecules to the previously men-

tioned signaling platforms (or membrane “rafts”) (Fig. 8). It is questionable,

whether the investigation of this coalescence is possible with the presented fluores-

cent lipid analogs, since the in comparison to the lipid rather large and often

charged dye (Fig. 7c) restricts the accessibility to highly ordered molecular

assemblies such as the Lo phase or of the putative membrane “rafts” [96]. However,

it has been shown that the order of the Lo phase generated in cellular plasma

membranes (which were treated by swelling procedures generating vesicular

bilayers composed of native membranes such as giant plasma membrane vesicles

(GPMV) [97] or plasma membrane spheres [98]) is much lower compared to

model systems [99] and that the Lo phase of the plasma membrane is thus much

more efficiently penetrated by the fluorescent lipid analogs [96]. Most importantly,

Fig. 7 Comparison of live-cell and model membrane data. (a) Phase separation into liquid-

disordered (Ld) and liquid-ordered (Lo) domains of a model membrane bilayer composed of a

ternary mixture [93]: both the fluorescent PE and SM lipid analogs hardly enter the Lo phase

(confocal scanning fluorescence image, black: low signal, white: high signal). (b) Partitioning in

model membranes and trapping characteristics observed by STED-FCS on live-cell plasma

membranes are not correlated: trapping time (red, left axis, live-cell) and fraction of signal in

Lo phase (gray, right axis, model membranes) of PE and SM. (c) Structure of the fluorescent SM

analog: size comparison of lipid and dye. Gray shaded area: ceramide or sphingosine group
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a functional fluorescent lipid analog that does not alter phase partitioning and

is compatible with STED-FCS will reveal additional details on the existence of

liquid-ordered nanodomains or “rafts” in the plasma membrane of living cells

(Fig. 8) [93].

In conclusion, STED-FCS is a sensitive and unique tool for studying nanoscale

membrane organization and determining the cellular functions and molecular

interdependencies of membrane components. More general, STED-FCS expands

currently available optical microscopy and spectroscopy techniques to the nano-

scale and opens up exceptional possibilities to characterize and disclose complex

cellular signaling events and therefore new approaches for drug screening and

development [100].
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Imaging Molecular Order in Cell Membranes

by Polarization-Resolved Fluorescence

Microscopy

Sophie Brasselet, Patrick Ferrand, Alla Kress, Xiao Wang, Hubert Ranchon,

and Alicja Gasecka

Abstract The use of light polarization properties in the analysis of fluorescence

images has driven a large amount of research toward the measurement of orienta-

tional behavior of molecules in cells, in particular in their membranes. This field has

been recently revisited to enlarge the possibilities of polarization-resolved fluores-

cence microscopy. We show that this technique allows retrieving a wealth of

information on the constraints that hinder rotational mobility of lipid probes and

proteins in membranes, bringing thus new insights on inter-proteins and lipid-

protein interactions, on membrane morphology at the sub-diffraction length scale

and on local membrane physical properties such as viscosity.

Keywords Cell membrane • fluorescence anisotropy • molecular order • polarized

fluorescence microscopy • two-photon fluorescence
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1 Introduction

Molecular orientation is a parameter which is important to monitor in order to

understand the interactions that drive the structure and morphology of biomolecular

assemblies and their consequences on related biological functions. This organiza-

tion, governed by molecular interactions such as those between proteins, between

lipids, or between proteins and lipids, plays an important role in biology. Proteins

and lipids in cell membranes are, for instance, known to form structured assemblies

(such as protein clusters or lipid domains) with collective molecular order

participating in cell motility [1], vesicular trafficking [2], and signaling [3–5].

Protein interactions in supramolecular complexes such as bio-filaments are also

highly driven by orientational order [6–8]. For instance, collagen and other protein

filaments in the extracellular matrix undergo strong exchange forces with cell

membrane proteins, which can be affected in the development of tumors. An

orientational organization is quantified by the so-called molecular order, which

varies between complete disorder (isotropic medium) to complete order (such as in

a crystalline medium).

Imaging such information quantitatively using optical microscopy remains

however a challenge. Measuring molecular orientational diffusion in solutions

has been performed since the 1950s using the well-known fluorescence anisotropy

technique [9], which consists in exciting the molecules by a linear polarization, and

probing their fluorescence emission along two perpendicular analysis directions.

This technique, based on the capacity of polarized light to photo-select only

molecules which exhibit an orientation close to its polarization direction, gives

access to molecular rotational diffusion time in solutions, local environment

properties (temperature, viscosity) [10], but also to phenomena related to depolari-

zation mechanisms such as fluorescence resonant energy transfer (FRET) between

neighbor molecules [11]. Fluorescence anisotropy is however more delicate to

implement in oriented media (e.g., membranes or fibers) where the photo-selection

also depends on the orientation of the sample itself. Historically, techniques

dedicated to the study of the cell membrane have been therefore essentially

concentrated on measuring the spatial localization of molecules. Membranes are

indeed highly heterogeneous and dynamic, constituted of different lipid types and

molecules (such as cholesterol) as well as membrane proteins which are connected

to the cytoskeleton in a complex way. Techniques such as fluorescence recovery

after photo-bleaching (FRAP) [12], fluorescence correlation spectroscopy (FCS)

[13], and single-molecule tracking (SMT) [14] have allowed a better understanding

of the mobility of proteins and lipid and their perturbation by specific conditions of

the cells, bringing a considerable amount of information on the nanoscale organi-

zation of the cell membrane and its associated signaling dynamics. Less attention

has been directed toward protein and lipid orientations in cell membranes.

Applying fluorescence anisotropy to membrane imaging is in fact only success-

ful under certain conditions, which limit the observation to specific parts of the

membrane, since this technique only addresses two directions of detected
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polarization. Nevertheless, it has permitted to bring a new insight into specific

molecular mechanisms in cell membranes, such as protein clustering or protein

conformational changes, which cannot be only addressed by pure lateral diffusion.

Such studies, which can be performed either in the time domain (time-resolved

fluorescence anisotropy) or averaged over time (steady-state fluorescence anisot-

ropy), bring new information on orientational behaviors which are complementary

to other fluorescence-related imaging techniques such as lifetime imaging (FLIM)

[15] and fluorescence resonant energy transfer (FRET) imaging [11], or

colocalization imaging [16]. This polarization-related information is also applica-

ble to single-molecule studies and super-resolution techniques [17].

This chapter describes the basic principles of fluorescence anisotropy imaging

and polarization-resolved fluorescence imaging, in the context of steady-state

measurements, in either one-photon or two-photon excitation regimes. It illustrates

the use of these techniques with recent experiments performed on lipid and protein

orientational behavior in cell membranes, focusing in particular on how this

behavior is related to the cell lipid environment and to its mechanical properties,

governed by the cytoskeleton. We introduce a more general polarization-resolved

fluorescence imaging technique which can circumvent limitations of fluorescence

anisotropy imaging and allow a complete mapping of molecular orientation in cell

membranes. This concept can be extended to a vast variety of mechanisms in cells

and tissues.

2 Defining Molecular Orientational Order in Cell Membranes

In ordered media, molecules undergo a certain degree of orientational mobility

constraint, which depends on their interaction with their nearby environment. This

information is formally contained in a normalized molecular angular distribution

function f (y,f) which defines the range of orientations (y,f) explored by the

molecules after time and space averaging over the integration time of the optical

measurement and the focal volume of the objective (Fig. 1a). Polarization-resolved

fluorescence experiments aim at measuring accessible information on this distribu-

tion function, defined as the so-called molecular order. Molecular order, which can

be used to report information on a local environment or on molecular interaction

mechanisms, applies to a fluorescent “orientational probe” such as a lipid probe (for

cell membrane architecture studies) or a protein label (for protein interaction

studies). As in all fluorescence imaging experiments, the information retrieved is

the direct signature of the behavior of this fluorescent probe, which can further be

interpreted as an environment information. It is therefore important that this probe

stays rigidly attached or linked to the biomolecule that it brings information on. At

last, molecular orientational information as measured by polarized fluorescence is

performed in microscopy where spatial resolution is limited: Therefore, the

measured molecular order is always an averaged information in time (over the
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integration time of the detector) and in space (over the whole molecular population

within the excitation volume, defined by the focal spot of an objective).

In molecular media where one-dimensional molecular probes are constraint by a

known potential U(y,f) at thermal equilibrium T, the orientational distribution

function of the probe f (y,f) follows the Boltzmann statistics:

f y;fð Þ / exp � U y;fð Þ
kBT

� �

(1)

where kB is the Boltzmann constant.

In lipid membranes, the orientation of lipids or proteins is most often defined as

lying within a cone aperture (Fig. 1a) with an abrupt change of the probe potential at

a defined aperture angle C (Fig. 1a) [24, 25]. In such a model, the fluorophores lie

statistically inside the cone aperture C, meaning that they only explore a range of

orientations within this cone. f (y,f) is therefore defined as

f y;fð Þ ¼
1

4p sin2ðC=4Þ if yj j � C=2

0 otherwise

�

(2)

Fig. 1 Models for molecular order in membranes. (a) Cone aperture and molecular orientation.

(b) Different distribution functions based on cones filled with lipid probes molecules perpendicu-

lar (left) or parallel (right) to the membrane. (c) Examples of protein GFP-based constructs with

GFP linked in a rigid way to the protein body. Right: doubly lipidated enhanced GFP construction

of a G-protein complex [18]. Left: MHC class I protein labeled with GFP rigidly attached [19–21].

(d) Fluorescein arsenical hairpin binder (FlAsH) [22, 23]. (e) Perturbations of the molecular

orientational order in membranes (represented by a variation of the distribution cone aperture):

local environment properties (liquid order left, liquid disorder center) or local morphology (right)
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Other smoother functions have been defined to quantify molecular order in

membranes, such as based on a Gaussian distribution [26, 27] or more generally

decomposed over spherical harmonic basis functions [28].

In what follows, we will focus on the cone model, which is straightforward to

visualize. In a cell or lipid membrane, a lipid probe can lie either along the

membrane perpendicular direction (when it is embedded in the membrane leaflets)

or along its contour, depending on the molecule structure and its local interaction

with lipids (Fig. 1b). In both cases, the cone distribution can be defined by two

parameters: its aperture (C, which is related to the “molecular order”) and its

average orientation in the sample plane.

In proteins, a fluorescent label is generally attached by using N- or C-terminal

tagging by either a green fluorescent protein (GFP) mutant expression or by a

synthetized fluorophore. In the most general case, this label is likely to rotate freely

in the whole space, leaving no information on its orientation. To be able to use a

protein label as a reporter of its orientation, this label needs to be at best rigidly

linked to the protein body. Since a few years, a strong effort has been put on the

engineering of such systems (Fig. 1c). A major histocompatibility complex class I

(MHC I) construct has been obtained with a GFP probe located within the amino

acid sequence of the H2Ld protein, ensuring a limitation of its rotational freedom

[19–21]. A G-protein complex has also been labeled in its subunits using a doubly

lipidated GFP construction [18]. Recently, a strategy has also been developed based

on fluorophores which can attach to proteins in several sites positions: Fluorescein

arsenical hairpin binder (FlAsH) contains, for instance, a biarsenical group that can

bind to a tetracysteine motif Cys-Cys-Pro-Gly-Cys-Cys in proteins [22]. This label

has been used to study orientational dynamics of a G-protein-coupled receptor in

cell membranes [23].

The information brought by the measurement of the molecular order C can be

related to local environment properties or local molecular interactions in several

ways (Fig. 1e). Among the most important mechanisms which govern molecular

order in cell membranes are:

– Local lipid phases of different viscosity/polarity/lipid contents. In particular, an

ongoing research is dedicated to the imaging of lipid domains of different phases

such as liquid order, liquid disorder, or gel phases [29–33]. These domains called

rafts are of sub-resolution size, highly dynamic, and described as support

platforms for proteins in different biological processes.

– Formation of proteins’ clusters in cell membranes and in the cytoplasm, which

are often related to mechanisms in cell signaling, cell motility, or cell trafficking

[3–5].

– Local morphological changes in cell membranes due to either external interac-

tion (with the extracellular matrix) or internal forces (due to actin, microtubule

fibers, and the cytoskeleton in general), which are related to biological processes

such as cell migration or adhesion [2].
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3 Fluorescence and Its Relation to Light Polarization

Fluorescence is the result of two successive processes, the absorption of an incident

photon and the emission of a fluorescence photon of lower frequency. These

processes are separated in time due to the delay necessary for the molecule to

relax from its high-energy excited state to a lower (fluorescent) excited state [34].

The steady-state fluorescence efficiency is consequently proportional to the product

of two probabilities: the absorption probability between the ground and the excited

state and the emission probability from the fluorescent state to the ground state. In

the linear excitation regime (one-photon excitation: 1PE), the fluorescence intensity

is proportional to

I1PEF / P1PE
abs :Pem (3)

where the proportionality coefficient contains collection efficiencies and normali-

zation factors. The absorption probability P1PE
abs is proportional to

P1PE
abs / m!abs � E

!�

�

�

�

�

�

2

(4)

where E
!

is the polarization of the incident electromagnetic field and m!abs the

absorption transition dipole of the molecule.

The emission probability Pem depends on the analysis directions of the fluores-

cence emission (denoted X and Y, which define the sample plane in microscopy):

Pem;X / m!em � X!
�

�

�

�

�

�

2

; Pem;Y / m!em � Y!
�

�

�

�

�

�

2

(5)

where m!em is the emission transition dipole of the molecule from its fluorescent

state down to the ground state. The proportionality coefficient contains here the

fluorescence quantum yield of the molecule and the characteristics of the radiated

intensity.

Equation 5 is written assuming a planar wave approximation for the emission,

which is not applicable for a high numerical aperture objective collection. In the

case of a high aperture collection, a mixture of radiations along the X, Y, and Z
directions occurs, and Eq. 3 has to be replaced by [24]:

Pem;X / k1 m!em � X!
�

�

�

�

�

�

2

þ k2 m!em � Y!
�

�

�

�

�

�

2

þ k3 m!em � Z!
�

�

�

�

�

�

2

Pem;Y / k2 m!em � X!
�

�

�

�

�

�

2

þ k1 m!em � Y!
�

�

�

�

�

�

2

þ k3 m!em � Z!
�

�

�

�

�

�

2
(6)

where k1, k2, k3 are polarization mixture coefficients which depend on the numeri-

cal aperture of the objective with k1 > (k2, k3) [24].
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In general, m!em and m!abs have different orientations due to the fact that different

states are involved in the absorption/emission processes, involving therefore differ-

ent molecular conformations. For the sake of simplicity, we will assume that these

dipoles are pointing along a same direction of orientation (y,f), which also defines

the orientation of the molecular structure: m!em ¼ m!abs ¼ m! y;fð Þ . The fact that

both dipoles can have different angles can be addressed by using a more complete

expression accounting for an additional angle.

Finally, the one-photon fluorescence intensity, along the analysis direction X for

a molecule oriented with an angle (y,f), is written in the sample frame as

I1PEFX y;fð Þ / m! y;fð Þ � E!
�

�

�

�

�

�

2

� JX y;fð Þ (7)

with JX y;fð Þ / k1 m! y;fð Þ � X!
�

�

�

�

�

�

2

þ k2 m! y;fð Þ � Y!
�

�

�

�

�

�

2

þ k3 m! y;fð Þ � Z!
�

�

�

�

�

�

2

.

Equation 7 can be written similarly for I1PEFY y;fð Þ. Since polarization analysis

does not depend on proportionality coefficients, they do not need to be specified

here.

This formalism can be extended to multiphoton fluorescence and in particular

two-photon excited fluorescence (2PEF) accounting for the two-photon excitation

absorption probability P2PE
abs , which involves a higher order nonlinear excitation

[28]. Since the emission process does not change,

I2PEFX y;fð Þ / m! y;fð Þ � E!
�

�

�

�

�

�

4

� JX y;fð Þ (8)

and similarly for I2PEFY y;fð Þ.
Equation 8 emphasizes the fact that the two-photon fluorescence intensity

depends on the square of the incident intensity, whereas this dependence is linear

in the case of one-photon fluorescence.

In both one- and two-photon excitation cases, one can see that when a linearly

polarized light excites a single molecule the highest probability of absorption

occurs when its transition dipole moment m!abs is oriented parallel to the incident

polarization E
!

. This property, called angular photo-selection, is at the origin

of the polarization dependence of the fluorescence process. Denoting Y the

angle between the absorption/emission molecular transition dipole and the

exciting polarization, the one-photon angular photo-selection is proportional to

P1PE
abs Yð Þ / cos2Y , whereas in the TPEF process, this photo-selection is propor-

tional to P2PE
abs Yð Þ / cos4Y. This makes the two-photon photo-selection narrower

than for a one-photon excitation, which allows measuring molecular orientations

with a finer precision.

Finally, in a collection of molecules, one has to account for the fluorescence

emitted by an ensemble of these molecules contained in the focal volume of the

objective, with an orientational constraint defined by the function f y;fð Þ[28]:
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I1PEFX /
ð

2p

0

ð

p

0

m! y;fð Þ � E!
�

�

�

�

�

�

2

� JX y;fð Þ � f y;fð Þ � sin ydydf (9)

and similarly for I1PEFY .

Equation 9 permits to calculate the dependence of the collected fluorescence as a

function of the incident polarization E
!

. This expression can therefore be used to

define fluorescence anisotropy (Sect. 4) or more refined polarization-resolved

signals (Sect. 5). It shows also that from a polarized fluorescence measurement, if

E
!

is known, one can derive information on the orientational distribution f y;fð Þ. In
the case of a cone model, f y;fð Þis written as in Eq. 2 and therefore depends only on
the molecular order cone aperture C and its orientation in the macroscopic sample

frame. We will show in Sect. 5 that this information can be determined experimen-

tally without ambiguity.

4 Fluorescence Anisotropy

Fluorescence anisotropy has been widely developed since decades to study mole-

cule rotational diffusion properties, media viscosity, and protein conformations and

interactions. Here, we develop the principles of fluorescence anisotropy imaging.

4.1 Fluorescence Anisotropy in Isotropic Media

The idea to investigate a molecular structure by a polarization-resolved fluores-

cence method was introduced by Perrin in 1926 [35] and applied by Weber in 1953

to the structural study of the binding of small molecules to proteins [9]. This method

is based on the fact that even though in a solution the macroscopic medium is

isotropic, the fluorescence emission is polarization-dependent since the micro-

scopic structures investigated are anisotropic. In a traditional fluorescence anisot-

ropy setup (Fig. 2a), a solution is excited using a beam propagating along the Z-axis
and polarized along X. The fluorescence is measured along the perpendicular

propagation direction Y and analyzed along the X and Z directions using a polarizer,

the measured quantity being called I== and I?, respectively.
A ratiometric analysis of these two situations provides the so-called fluorescence

anisotropy, independent on the intensity fluctuations and solely dependent on

orientational properties:

A ¼ IX � IY
IX þ IY þ IZ

¼ I== � I?
I== þ 2I?

: (10)
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The normalization denominator represents the total fluorescence intensity,

summed over all possible analysis directions. The factor 2 originates from the

fact that in a isotropic solution, IY ¼ IZ ¼ I? [10].

Originally, the fluorescence anisotropy was used to measure rotational diffusion

times of proteins in solutions. In an isotropic sample where molecules are fixed,

then f ðy;fÞ ¼ 1=2p2 in Eq. 9. Setting E
!
==X as the incident polarization leads to

A ¼ 0.4 in a one-photon regime and A ¼ 0.57 in a two-photon excitation regime.

These numbers are the maximum anisotropy values possibly reachable in an

isotropic medium. In practice, the measured value can be lower than this limit for

three main reasons: (1) The angle between m!abs and m!em is not 0
�, (2) the molecules

undergo some rotational mobility, therefore having different orientations between

their absorption and emission events, and (3) the molecules transfer energy between

each other; therefore, the absorption step takes place for one molecular orientation

and the emission step for another, uncorrelated orientation. These three processes

lead to depolarization, meaning that the absorption and emission events do not take

place with identical orientations. Case (2) has lead to numerous studies on proteins

conformational changes and local viscosity monitoring (Fig. 2b).

Fig. 2 Fluorescence anisotropy. (a) Traditional fluorescence anisotropy measurement in solution.

(b) Typical anisotropy versus viscosity (Z, normalized by the fluorescence lifetime tf) curve

obtained from fluorophores Indo-1 and BCEF in solution of glycerol of increasing concentration.

The values measured have been compared to anisotropy in MDCK cells (above) to retrieve

cytoplasmic viscosity information [36]. (c) Fluorescence anisotropy imaging in microscopy. (d)

Illustration of anisotropy changes in cells where protein (GPI-GFP) clusters form close to the

membrane: The decrease of anisotropy is correlated with a depolarization due to energy transfer

between proteins. Intensity (left), steady-state anisotropy (middle), and cluster-size deduced from

anisotropy analysis (right). The latter two images are binned to 80 � 80 pixels [37]
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Fluorescence anisotropy has been more recently applied to microscopy imaging

(Fig. 2c), where fluorescence excitation is performed in a wide field geometry using

an incident polarized excitation along a direction X in the sample plane (X,Y). IX
and IY images are formed on a CCD camera along the X and Y analysis directions,

using a polarization splitter. This technique has been used to retrieve orientational

diffusion rates in intracellular media [36, 38].

Among the depolarization factors widely studied in fluorescence anisotropy

imaging is fluorescence resonance energy transfer between similar molecules

(homo-FRET) (case (3) mentioned above). Homo-FRET is the property of an

excited molecule to transfer its energy in a non-radiative way, through a dipole-

dipole interaction, to a neighbor molecule which then emits fluorescent light [39].

Since the orientations of the two molecules are uncorrelated, the absorption and

emission steps are decoupled in the fluorescence process, which creates depolari-

zation and therefore a loss of orientational information [11]. This process, which

occurs at molecular inter-distances of a few nanometers [40], has been used in cells

to identify possible proteins clusters [5, 37, 41–43] (Fig. 2d). Homo-FRET infor-

mation can be derived in a quantitative way to measure cluster sizes and is thus used

to monitor oligomerization of protein constructs. This has been applied to glycosyl-

phosphatidylinositol (GPI)-anchored proteins labeled with GFP, revealing that GPI

forms clusters close to cell membranes with an average size of more than two

subunits (Fig. 2d) [37].

4.2 Fluorescence Anisotropy Imaging in Cell Membranes
and Its Limitations

In microscopy imaging in oriented samples such as cell membranes, the situation is

different since the distribution f ðy;fÞ is no more isotropic but confined in a cone of

a priori unknown aperture and orientation. In this situation, the geometry of a

photo-selection by a linear-fixed polarization is no more adapted since the averaged

orientation of the molecules in the sample is unknown. In order to avoid such photo-

selection artifacts, the incident excitation is therefore often changed into a circular

polarization (Fig. 3a). A new anisotropy factor is defined, which accounts for the

symmetry of the setup:

A ¼ IX � IY
IX þ IY

(11)

with Ameasured for an incident circularly polarized light. The (X,Y ) directions also
define the sample plane (Fig. 3a). This new anisotropy factor is therefore essentially

sensitive to the emission probability polarization dependence. One can deduce

from Eq. 11 that A varies between �1 (for transition dipoles strictly oriented

along the Y-axis) and 1 (for transition dipoles strictly oriented along the X-axis).
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In all intermediate situations, such as different orientation and different distribution

functions, A will take intermediate values.

Figure 3b depicts the evolution of A for fluorescent molecules lying within a

cone apertureC, for different orientations r of the cone in the (X,Y) plane (the cone
is supposed to lie in the sample plane; therefore, the membrane is imaged in its

equatorial plane). This graph is generated using Eq. 9 in a two-photon excitation

regime, assuming parallel absorption and emission dipole moments in the

molecules. Similar curves are obtained for a one-photon excitation. One can

immediately notice that in order to retrieve a molecular order information (a C
value) in a sample, the knowledge of the cone orientation in the sample plane (r) is
required with high precision. Indeed, determining a single experimental value A
does not allow retrieving more than one parameter on the sample. In addition, this

measurement is only applicable when the cone lies close to the X- or Y-axes, the
case r ¼ p/4 leading to an indetermination (A ¼ 0) of the molecular order since

both X and Y projections are equivalent. RetrievingC from an anisotropy measure-

ment is nevertheless feasible in a membrane of round shape, such as in a giant

unilamellar vesicle (GUV) (Fig. 3c). All points of its equator can indeed be

assigned with a position angle r, which gives access to molecular order values

even if the membrane is heterogeneous.

Fig. 3 Fluorescence anisotropy confocal imaging in membranes. (a) Experimental scheme: the IX
and IY analyzed intensities are recorded for an incident circular polarization (some schemes use a

linear polarization). The sample is schematized as a spherical lipid membrane in which molecules

are assembled within a cone aperture, normal to the membrane. All images (cell, GUVs) are

performed in the equatorial plane of the membrane. (b) Theoretical dependence of the polarization

factor A (C) as a function of the cone apertureC of a filled cone distribution, for several tilt angles

r of the cone in the sample plane. (c) Anisotropy A measured for a giant unilamellar vesicle made

of DOPC (left) and a mixture of DOPC, sphingomyelin, and cholesterol (1:1:1) which leads to

heterogeneous lipid domain formation (right). The points of measurement M and N at the position

r ¼ 90� are represented on the theoretical A (C) graph, leading to an estimation of the molecular

order value at this position of the sample [44]
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This method shows however its strongest limitations when applied to

membranes of arbitrary shapes where the local r values are difficult to estimate

visually from the fluorescence image. Applying fluorescence anisotropy imaging to

the investigation of molecular order in cell membranes is finally only successful in

cases restricted to simple distribution functions of cylindrical symmetry (such as a

cone aperture) and necessitates an a priori knowledge of either the mean orientation

of the molecular distribution or its shape [25, 44–46]. Many fluorescence anisotropy

imaging studies have been therefore performed in membranes of spherical shapes

such as in swelling cells (Fig. 4a) or in particular regions of the membrane where

the direction r is identified as being along X or Y (Figs. 4b, c, 5a). A large amount of

investigations have been carried out in this field since the seminal work of Axelrod

in 1979 [24], in which the orientation of long chain carbocyanine dyes was studied

in spherical lipid membranes of red blood cells. All further studies in lipid

membranes have been limited so far to simple spherical membrane geometries

such as in artificial giant unilamellar vesicles (GUVs) [25], red blood cells [47],

swelling cells [21], spherical cells [26, 27], and spherical nuclear envelopes [48]. In

these membrane studies, the measurement was performed on the perimeter of the

spherical membrane, and the in-plane average orientation r of the molecular

distribution function of the fluorescent probes in the lipid membrane was assumed

to follow the direction normal to the membrane. Apart from membrane studies,

fluorescence anisotropy imaging has been applied to the determination of the width

of molecular angular distributions in biopolymers of cylindrical symmetry such as

actin filaments [6], muscle fibers [45], and septin filaments [8]. In these studies, the

orientation r of the fibers in the sample plane was visualized in the image and used

as a known parameter to reduce the complexity of the studies.

Even though the limitations of fluorescence anisotropy imaging are quite

constraining, this technique is still able to probe interesting mechanisms in cell

membranes such as drug treatments effects or mechanical perturbations. Changes

relative to lipid composition (varying the cholesterol content) have been observed on

lipid probes which are seen to lose their orientational order when cholesterol is

depleted from the membrane, indicating a relation between local rigidity and

cholesterol content [26]. Cell membrane local morphology at a sub-resolution

scale can also be probed using such technique. A recent observation has evidenced

cell ruffling at the junction of two cells, demonstrated by a loss of anisotropy contrast

of lipid probes in the junction [3]. We have recently demonstrated the modifications

of the lipid probe’s molecular order when perturbing the cell membrane tension by a

mechanical perturbation (by a hypotonic shock-provoking cell swelling) or by drug

treatments affecting the cytoskeleton (using latrunculin A, an actin polymerization

inhibitor, or cytochalasin D, an actin depolymerization inducer) [19]. A higher

orientational order is observed when the cell membrane is locally more tense due

to the relaxed constraint from the cytoskeleton. This emphasizes the correlation

between molecular order and local membrane morphology [19].

Of particular interest are recent studies on membrane proteins (Fig. 4). A large

amount of research is indeed dedicated to label proteins in a rigid way such as the

attached fluorescent probe can report the orientation of the protein itself (Fig. 1c).
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A major histocompatibility complex class I (MHC I) construct rigidly labeled

with GFP has been shown to exhibit strong anisotropy contrast in a cell bleb

membrane, indicating a degree of orientation constraint as compared to other

nonrigid constructs where the GFP label is attached to the cytoplasmic tail of the

protein [21] (Fig. 4a). Recent constructs applied to protein receptors have also

allowed measuring, using two-photon fluorescence anisotropy, changes of proteins

conformation upon G-protein activation. In particular, interactions involving the

different subunits of heterotrimeric G-proteins could be visualized in the presence of

Fig. 4 Fluorescence anisotropy imaging in cell membranes (see Fig. 1c for the scheme of the

molecules involved). (a) MHC I rigidly labeled with intra-sequence GFP in cell blebs. The

anisotropy contrast shown as a function of the contour angle around the round cell membrane is

a signature of rigid labeling [21]. (b) 2-photon fluorescence anisotropy imaging of G-protein

activation. The anisotropy is followed in time for a Ga subunit labeling using doubled lipidic

attachment with yellow fluorescent protein (YFP), after addition of an agonist (norepinephrine)

[18] (scale bar: 5 mm). (c) Anisotropy images of left image: the intracellular loops (IL3) of a

G-protein-coupled receptor (GPCR), labeled with FlAsH connecting a bridge between its N- and

C-termini, right image: the parathyroid hormone receptor (PTHR) used as a nonrigid membrane

FlAsH-binding motif where the labeling takes place at the C-terminus (scale bar: 10 mm). Right:
The anisotropy distribution taken in a particular region of the cell membrane shows a visible

contrast [23]
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a suitable G-protein-coupled receptor (GCPR), responding to the presence of a

receptor agonist by a conformation change, probed by a modification of anisotropy

(Fig. 4b) [18]. The decrease of anisotropy in the superior region of the cell mem-

brane is indeed a signature of a change of relative orientation angle compared to the

membrane, indicating a folding of the labeled subunit toward the membrane direc-

tion. Labeling engineering using fluorophores attached at two sites of a protein has

also permitted to probe orientational order in membrane receptors (Fig. 4c) [23].

The relation between orientational properties of membrane proteins and the cell

membrane mechanical properties has been further explored by applying treatments

affecting the cytoskeleton (Fig. 5) ([19]). Contrary to what was observed for lipid

probes, we recently observed that membrane proteins MHC I rigidly labeled with

GFP in COS-7 cells undergo a loss of molecular order when the cytoskeleton is

disrupted by a hypotonic shock (Fig. 5b) or drug treatments (latrunculin A, cyto-

chalasin D). Similar effects could be observed when perturbing the microtubule

network by a colcemid treatment. This shows that the orientational constraint of

membrane proteins is highly governed by their mechanical or chemical link to

nearby cytoskeleton molecules, as previously emphasized in other studies based,

Fig. 5 Fluorescence anisotropy imaging in MHC I proteins rigidly labeled with GFP. (a) Left:
fluorescence image. Middle: map of anisotropy and selected region of interest for structural

studies. Right: A(C) graph used to retrieve a quantitative number of the molecular order C.

Several points of measurements are shown. (b, c) Changes in molecular order C in the plasma

membrane and the endomembrane for (b) MHC I protein rigidly labeled with GFP perturbed by a

hypotonic shock [19], (c) truncated construct where the cytoplasmic tail has been removed
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for instance, on lateral diffusion observations [49–53]. A new construct of similar

MHC I rigidly labeled but with a truncated cytoplasmic chain has shown similar

loss of order, confirming the role of the attachment of the protein to the cytoskeleton

in its orientational behavior (Fig. 5c). The MHC I orientational behavior was also

probed in the endomembrane, showing higher disorder due to the more complex

endomembrane composition and morphology as compared to the plasma membrane

and to the less mature stage of the protein in this location before its migration to the

outer region of the cell (Fig. 5). Interestingly, the behavior of MHC I in the

endomembrane can also be affected by cytoskeleton drug treatments, revealing

mechanical relations between the plasma membrane and the interior of the cell [54].

Note that in these studies, it is important to ensure that homo-FRET does not take

place since it would lead to depolarization and therefore to an underestimation of

the anisotropy values. This characterization can be done using photo-bleaching

studies, measuring possible changes of the anisotropy, while molecules are pro-

gressively removed in the samples by photo-bleaching (therefore lowering the

probability of homo-FRET) [19].

At last, note that one-photon versus two-photon fluorescence leads to a slightly

different behavior in the anisotropy versus molecular order dependence. As men-

tioned above, the photo-selection is indeed finer when using a two-photon excita-

tion process, which leads to a more refined dependence. Two-photon fluorescence

imaging is however subject to other drawbacks such as a higher probability to

deteriorate the cell upon intense pulsed illumination, which is necessary to over-

come the lower absorption probability cross sections of fluorophores. Among the

examples found in the literature, both techniques have been used to profit from their

respective advantages.

5 Polarization-Resolved Fluorescence

In general, membranes are highly heterogeneous and exhibit shapes and features

that cannot be fully explored using fluorescence anisotropy due to the limitations

mentioned above. In order to be able to map molecular order in the whole mem-

brane contour, more refined techniques need to be implemented.

5.1 Principle

Polarization-resolved fluorescence has been developed in order to circumvent

limitations of fluorescence anisotropy imaging. In this technique, the incident

polarization is no more purely linear along one direction or circular but is rotated

between 0� and 180� (relative to the X sample horizontal direction), with angle steps

small enough to retrieve a complete information on molecular order (typically 20�

or less).
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Polarization-resolved fluorescence techniques (Fig. 6a) have been developed in

both one-photon [19, 55] and two-photon excitation regimes [44, 56, 57]. An

incident laser excitation (either continuous for one-photon or pulsed such as from

a tunable Ti:sapphire laser, which delivers 150 fs pulses at a repetition rate 80 MHz,

for two-photon) is used in a confocal mode. The laser beam is reflected by an

appropriate dichroic mirror and focused on the sample by a microscope objective

which numerical aperture (NA) can vary between 0.6 and 1.2. The use of high

apertures presents the advantage of a higher optical resolution (typically 300 nm)

and a more efficient signal collection in the backward epi-geometry; however, it

exhibits more polarization distortion and mixing for the collected signal, which

should be accounted for in the signal analysis. In an epi-geometry setup, the

backward emitted signal is collected by the same objective and directed to a

polarization beam splitter that separates the beam toward two detectors (avalanche

photodiodes or photomultipliers). Images are performed by scanning either the

Fig. 6 Polarization-resolved fluorescence. (a) Setup. (b) Example of different fluorescence

polarimetric responses depending on the sample explored, from a solution to oriented molecules

in a cone aperture. From top to bottom: molecular dipoles represented as arrows, distribution seen
in the plane of the sample, polarimetric responses in a one-photon regime IX(a) and IY(a)
represented as polar plots, and total polarimetric sum response IX(a) + IY(a). (c) Illustration in a

COS-7 cell membrane labeled with di-8-ANEPPQ. Left: fluorescence image, middle: anisotropy
image, right: polarimetric responses measured in the two points A and B visible on the anisotropy

image. The distribution parameters C and r are deduced from a fit of the polarimetric responses
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sample on a piezoelectric stage or the beam position by galvanometric mirror

piezoelectric scanning. In the first case, the sample is imaged and then a precise

location is chosen for the measurement of the polarimetric response. The second

case is more advantageous in terms of decrease of the acquisition time (typically a

rate of 1 image per second is reached) and consists in recording one image per

incident polarization state. In order to vary the incident linear polarization, a half

waveplate, mounted on a step rotation motor, is placed before the dichroic mirror.

An increase of the polarization switching speed can be obtained by the use of fast

linear polarization controller, such as a Pockels cell placed before a quarter

waveplate. For each value of the polarization angle a (relative to X) from 0� to

180� (the second half of the measurement being redundant), the emitted signal is

recorded on the two perpendicular directions X and Y (Fig. 6a). This setup can be

extended to forward detection schemes, the forward emitted signals being generally

detected through a low-aperture objective (NA ~ 0.5).

The resulting data are no more one anisotropy value as described above but rather

a so-called polarimetric response in both X and Y analysis directions, which will be

denoted IX(a) and IY(a). Examples of polarimetric responses are given in Fig. 6b as

polar plots with respect to a. In isotropic media, the polarimetric responses can take

different shapes depending on the degree of depolarization in the sample: For fast

rotating molecules (or complete depolarization cases), both IX(a) and IY(a) resemble

a circle. When molecules are fixed in an isotropic distribution, IX(a) and IY(a) are no
more identical, even though the total polarization response IX(a) + IY(a) is a circle
since the distribution is still isotropic. This is an indication that an analysis of the

signal in both X and Y directions can bring considerable information on the depolar-

ization mechanisms taking place in the sample. In oriented samples, the polarimetric

response takes various two-lobe shapes in which aperture and orientation are,

respectively, related to the molecular order C and its average orientation r in the

sample plane. From a fit of such polarimetric responses, it is therefore possible to

retrieve a direct and unambiguous determination of both parameters (C, r). An
illustration of this is shown in Fig. 6c: Independently on the point taken around a

labeled cell membrane, the simultaneous fit of polarimetric responses IX(a) and IY(a)
leads to the determination of both parameters of the distribution function modeled as

a cone. This situation therefore completes advantageously the anisotropy image

which is not exploitable in all points of the image. Here, the information can be

retrieved over the whole contour of the cell equatorial plane.

The fit of polarimetric curves relies on the model developed in Eq. 9, using for

E
!

a function of a (ideally, for a perfectly controlled linear rotating polarization:

EX að Þ ¼ cos a;EY að Þ ¼ sin að Þ), supposing m!abs and m!em parallel and taking for

f ðy;fÞ the cone distribution described above with two unknown parameters

(C, r). However, one has to take care of different deviations from this perfect

model in order to account for instrumental and sample artifacts:

– In a polarization-resolved fluorescence setup, controlling and correcting for

polarization distortions is determining. Indeed, the polarization state of the

exciting field has to be perfectly known. Calibration experiments are therefore
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necessary in order to introduce possible ellipticity and dichroism factors,

introduced principally by the dichroic mirror which reflects the incident laser

excitation [58].

– The high numerical aperture focusing induces a nonhomogeneous polarization

state within the focal excitation volume. In particular, small contributions

polarized in the axial Z direction appear on the edge of the focal spot [59].

Numerical analyses have shown that these distortions are not determining when

molecules lie mostly in the sample plane [60].

– The assumption of parallel absorption and emission dipole moment does not

apply to all fluorescent molecules. The angle between the two dipoles should be

known beforehand and introduced in the model. It has been shown however that

below 20�, this angle has no detrimental effect on the deformation of polarimet-

ric responses [44]. In many probes of molecular orientation, this angle is found

to lie in this range [61, 62].

– The assumption that the cone aperture lies in the sample plane relies on the fact

that measurements are performed in the equator of the membrane. If the mea-

surement is performed out of this plane, a known tilt angle has to be introduced

in the model (angle Z represented in Fig. 3a). Nevertheless, studies have shown

that the in-plane approximation leads to only a few degrees of error on C for Z
angles below 45� [44, 55].

– At last, this technique is sensitive to depolarization mechanisms, in particular

homo-FRET between nearby molecules. When such mechanisms occur, the

polarimetric response from a cone aperture loses its characteristics and tends

to equalize the analyzed IX(a) and IY(a) responses [44]. Similarly to anisotropy

measurements, the absence of homo-FRET needs to be ascertained to avoid any

bias on the retrieved molecular order angles. In Sect. 5.3, we describe a way to

circumvent such bias.

5.2 Application to Molecular Order Imaging in Heterogeneous
Membranes

The main advantage of polarization-resolved fluorescence is to provide a spatial

information of molecular order independently on the membrane shape or heteroge-

neity. This technique has been applied to the investigation of the orientational

organization in coexisting liquid phase with short-range liquid order (Lo) and liquid

disordered (Ld) fluid domains of micrometric sizes in artificial membranes (giant

unilamellar vesicles (GUVs)) and in cell membranes of nonspherical shapes.

Giant unilamellar vesicles (GUVs) made of lipid mixtures are considered as

model systems for the investigation of lipid interactions [63–66]. They can exhibit

coexisting domains with different fluidity, elasticity, and polarity properties. This

phase segregation into gel, liquid ordered and disordered environments, is closely

related to fundamental cell processes, in particular in cell signaling where the
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existence of lipid-specific functional “rafts” platforms is still a debate [29–33]. So

far, imaging lipid domains has relied on the use of dedicated fluorescent probes

specifically partitioning in regions of known lipid composition or local polarity

[67–69]. Such probes are also expected to undergo specific orientational order

detectable by fluorescence anisotropy [67, 69, 70]. Recent studies have been

dedicated to molecular order monitoring in such phases [44, 71].

Figure 7 shows typical two-photon fluorescence (2PEF) polarimetric responses

of fluorescent molecules di-8-ANEPPQ in GUVs formed from a ternary mixture

Fig. 7 (a, b) Polarization-resolved two-photon fluorescence in artificial lipid membranes labeled

with di-8-ANEPPQ: giant unilamellar vesicles (GUVs) made of Ld and Lo phases from a DOPC:

sphingomyelin:cholesterol (1:1:1) mixture. (a) Left: fluorescence image. Right: retrieved color-

coded molecular order image showing the angle value C obtained from a fit of polarimetric

responses in several points of the GUV. (b) Typical polarimetric responses, represented in polar

plots, for three points of measurements shown in (a). The fit (continuous line) of the 2PEF

polarimetric data (markers) is performed using a filled cone model of orientation r in the sample

plane and aperture C. Two populations could be found, characteristics of ordered and disordered

phases [44]. (c) Polarization-resolved 2PEF in a COS-7 cell labeled with di-8-ANEPPQ, which

exhibits higher molecular disorder representative of local membrane morphology features

(Represented schematically from [72])
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of the lipids sphingomyelin, 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC),

and cholesterol [64]. In such mixtures, Lo domains are known to be essentially

constituted by enriched sphingomyelin and cholesterol regions, whereas DOPC is

mainly present in disordered liquid regions (Ld). Although the Lo or Ld

environments cannot be identified in a pure fluorescence image, the 2PEF

polarimetric analysis permits to directly create an image of the spatial distri-

bution of molecular order (Fig. 7a). Typical cone aperture values range between

30� < C < 80� (Lo phases) and 90� < C < 170� (Ld phases) depending on the

probe molecule (Fig. 7b). In the Ld phase, where the lipid acyl chains are highly

disordered, the aperture angle is therefore significantly increased. 2PEF polarimetry

shows overall that molecular order information is dependent on the fluorescent

probe structure, primarily because it is driven by lipid-fluorophore interactions

which are influenced by the molecular head position. In particular, C takes larger

values when the molecule inclusion localization takes place in the periphery part of

the membrane [27, 69, 73].

Similar studies have been performed on cells. One- and two-photon polarimetry

measurements performed on di-8-ANEPPQ probes in COS-7 cells (Fig. 7c) show

that the molecules mean orientation roughly lies along the membrane normal

direction. In many points, the membrane is of complex shape, and its global

orientation is difficult to visualize. The simultaneous fitting on both C and r
parameters makes it possible to avoid speculating on the local membrane contour

as usually done with fluorescence anisotropy. The measured cone aperture angle on

COS-7 cell membranes shows that the di-8-ANEPPQ probes behave in a slightly

more disordered way than in DOPC GUV membranes. This is most probably due to

a more perturbed membrane spatial morphology, originating from folding at spatial

scales much below the diffraction limit (from 20 to 100 nm) [1, 2, 72, 74].

These studies show that membrane morphology features below the 300 nm

optical resolution limit can be probed at any position of a membrane using

polarization-resolved fluorescence: Any folding of the membrane at nanometer

scales (due to ruffling, vesiculation. . .) [3, 75] will indeed lead to a loss of the

measured molecular order.

5.3 Circumventing Depolarization Effects

In order to avoid the sensitivity of polarization-resolved fluorescence to depolari-

zation mechanisms as mentioned above, we developed recently a technique,

derived from polarization-resolved fluorescence but purely governed by photo-

selection [55]. In this method, the incident polarization is varied, but the emission

is not analyzed along a given direction; therefore, the sum I(a) ¼ IX(a) + IY(a) is
detected. This way, the possible decorrelation between absorption and emission

events is not visible in the data, which are only sensitive to the photo-selection

taking place in the sample. This technique may appear less precise for the estima-

tion of molecular order parameters since only one polarization response is recorded
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instead of two; however, this information is mathematically sufficient to retrieve

the parameters required for the quantification of molecular order.

The data analysis is based the Fourier analysis of the polarimetric response I(a)
(Fig. 8a). Given the square modulus factor in Eq. 9, this response can be fully

described using the finite Fourier series:

I að Þ ¼ A0 þ A2 cos 2aþ B2 sin 2a: (12)

Using the initial derivation of Eq. 9 for a cone aperture model, it can be shown

that the normalized A2/A0 and B2/B0 coefficients are directly related to the molecular

distribution parametersC and r, with no ambiguity of determination. This allows to

build up a 2D lookup table that gives for a wide set of (A2/A0,B2/A0) couples, the

values of C and r. In particular the sinusoidal dependence of Eq. 12 has an

amplitude related to the molecular order (C) and a phase related to the orientation

of the molecular distribution in the sample plane (r) (Fig. 8b). Since the coefficients
A2/A0 and B2/B0, as Fourier coefficients, can be computed from the experimental

data at every pixel of the image (Fig. 8),C and r can be retrieved directly using the

Fig. 8 Fourier decomposition of the polarization-dependent fluorescence signal and application to

molecular order imaging. (a) A COS-7 cell doped with di-8-ANEPPQ is imaged by one-photon

confocal fluorescence. A stack of images is recorded with one image per incident polarization

angle. Fourier coefficients are directly deduced from the polarimetric response I(a) of each pixel,

leading to the determination of both parameters C and r. (b) Illustration of polarimetric response

I(a) obtained from an ordered region in the cell membrane (left) and disordered region (right). The
amplitude of the curves is related to the molecular order parameter, while its phase is related to the

orientation r
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lookup table. Note that the obtained values are systematically validated by

performing a normalized w2 test that quantifies the agreement between experimental

data and the expected theoretical polarimetric response. In practice, a w2 value larger
than 5 is a good indicator of measurements that were affected by photobeaching,

sample drift, etc. Such measurements are systematically discarded [55]. As com-

pared to the previous data-fitting process, this Fourier analysis approach has permit-

ted to considerably speed up the data processing, allowing a complete polarimetric

analysis over a whole cell contour in a few seconds.

This technique has been applied to the analysis of molecular order in cell and

artificial membranes labeled with di-8-ANEPPQ, using one-photon confocal polar-

imetry analysis (Fig. 9) [55]. Strong heterogeneities could be visualized in cells,

contrary to GUV, with values confirming the ranges previously measured on a

complete polarization dependence fit with two-photon fluorescence. Several

conclusions were drawn from these studies:

– The GUV molecular order in a homogeneous lipid composition is highly homo-

geneous, with molecular order distributions widths close to the noise limit

(Fig. 9a).

Fig. 9 Imaging molecular order C by one-photon confocal polarization-resolved fluorescence

around the cell contour. (a) DOPC GUV and (b) COS-7 cells labeled with di-8-ANEPPQ. From

left to right: fluorescence image superimposed with its local C values; r angle map; w2 mean

square error map (values above 5 correspond to discarded pixels). Histogram of the C values

obtained over the whole contour. A comparison between an untreated cell and cells treated by a

hypotonic shock is shown. (c) Zoom on a cell membrane showing macroscopic and sub-

micrometric size ruffling sites with high orientational disorder
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– In single cells, histograms of theC values are much larger than GUVs, signature

of a high degree of heterogeneity (Fig. 9b). The histogram over one population

of 10 cells is typically of same shape as for one single cell.

– In cells, local parts of high disorder can be visualized, signature of the fact that

the observed heterogeneity is spatially distributed along the cell contour

(Fig. 9c).

As supported by previous measurements in fluorescence anisotropy, the high

heterogeneity visualized in cells is most probably due to membrane local changes

of morphology. In particular, membrane treatments provoking a perturbation of the

actin cytoskeleton network (hypotonic shock, latrunculin A, cytochalasin D)

induced a gain in molecular order around the whole cell contour (Fig. 9b). This

confirms that the molecular order indicator C is a sensitive reporter of membrane

local morphology, in particular due to its nanometric-size folds which are not

visible in a standard fluorescence image. Polarization-resolved fluorescence with

unpolarized detection, with the additional capacity of being depolarization insensi-

tive, therefore allows a map of membrane features which are not accessible by

fluorescence anisotropy. This technique might be able to reveal new information at

particular points of a cell membrane or in protein assemblies undergoing physical or

chemical perturbations.

6 Summary, Conclusions, and Outlook

The polarization dependence of fluorescence signals in microscopy carries rich

information on the orientational behavior of molecular probes. During the last

decades, considerable progress has been done in terms of instrumentation, polarized

fluorescence image analysis, and more importantly, in the development of fluores-

cent probe attachment strategies which now permit to reveal the orientation behav-

ior of proteins and lipids in cell membranes with high precision.

Polarization signatures being a reporter of local environment rigidity and mor-

phology, this technique is therefore likely to evolve toward the determination of

important complementary information to already existing fluorescence-related

techniques. Polarization resolution is indeed now introduced in a large scope of

techniques such as super-resolution fluorescence imaging and single-molecule

spectroscopy, as well as in a wide variety of contrasts such as in nonlinear optics

in tissues (second-harmonic and third-harmonic generation, coherent anti-Stokes

Raman scattering).
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Near-Field Optical Nanoscopy of Biological

Membranes

Thomas S. van Zanten, Carlo Manzo, and Maria F. Garcia-Parajo

Abstract The specific organization and distribution of protein receptors and lipids

on the cellular plasma membrane play a crucial role for the spatiotemporal control

of many different cellular processes. A great deal of novel knowledge in this area is

currently being generated thanks to the advent of modern surperresolution optical

techniques combined with single-molecule approaches. In this chapter, we focus on

near-field nanoscopy, a technique particularly well suited for the study of biological

cell surfaces at the nanometer scale. We first describe the general concept of near-

field scanning optical microscopy (NSOM) and specifically focus on how NSOM is

being exploited to map the spatiotemporal organization of proteins and lipids.

Novel routes toward surperresolution using optical nanoantennas and first

applications for cell membrane nanoimaging are discussed. The last part of the

chapter describes recent technical breakthroughs that enable the application of

NSOM in living cells providing detailed dynamic information on diffusion pro-

cesses occurring at the nanoscale.
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1 Introduction

Understanding the complex relationship between structure, function, and dynamics

of biomolecules in the living cell is a fundamental driving force in the research field

of cell biology. Propelled by the vast amount of tools that have been made available

in recent years, modern molecular biology has made enormous progress. Neverthe-

less, observing single molecular processes in living cells has remained a major

challenge. In the particular case of cellular membranes, key multimolecular

interactions that define and regulate cell function occur at the nanoscale, a size

regime not accessible to classical optical microscopy, owing to the diffraction of

light.

For a long time, electron microscopy has been the only technique available to

observe nanoscale spatial organization of proteins in the plasma membrane. Gold

particles attached to membrane proteins via antibodies can be visualized with the

electron microscope to estimate protein clustering and colocalization. However,

harsh sample preparations and imaging modes make live cell imaging extremely

challenging. Although live cell imaging with nanometer resolution can be obtained

by atomic force microscopy (AFM), this technique lacks chemical specificity.

Therefore, the observation of molecular processes taking place at the cell mem-

brane has been mainly obtained by means of fluorescence-based optical techniques,

which offer chemical specificity and minimal invasiveness. However, standard

lens-based optical techniques are diffraction limited and do not allow optical

observation beyond ~300 nm.

A fluorescence-based technique that does provide information at the nanoscale is

Förster resonance energy transfer (FRET), which exploits a distance-dependent

nonradiative energy transfer between two fluorophores to measure molecular

distances below 10 nm [1]. Although FRET has been an important tool to demon-

strate the existence of concentration-independent nanodomains on the cell mem-

brane [2, 3] and to support the hypothesis of actively maintained lipid

nanoplatforms [4], it is unable to bridge the gap between 10 and 300 nm.
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Recently, valuable techniques have been devised to bridge this gap by taking

advantage of the photophysical properties of fluorophores in combination with

standard lens-based microscopes. For instance, stochastic optical reconstruction

microscopy (STORM) or the analogous, fluorescent photoactivatable localization

microscopy (FPALM/PALM) is capable of reconstructing surperresolution images

of different cellular structures [5–7] and is currently being used to address the

organization of the cell membrane at the nanometer scale [8–11]. Another lens-

based technique, stimulated emission depletion (STED) microscopy, has also been

applied to estimate protein-cluster sizes [12] and their nanoscale distribution on the

membrane [13]. More recently, STED has been also combined with fluorescence

correlation spectroscopy (FCS) to observe nanoscale dynamics of membrane lipids

and lipid-anchored proteins in living cells [14].

Besides these techniques, nanometric optical resolution in a fluorophore-

independent fashion can be obtained by near-field approaches. Indeed, the interaction

of light with subwavelength apertures results in a nonpropagating electromagnetic

field that can be used as a nanometric excitation light source. This concept has been

exploited in near-field scanning optical microscopy (NSOM), a surperresolution

technique that can reach optical resolutions between 50 and 90 nm on fully intact

cell specimens. By impinging visible light on a subwavelength aperture and scanning

the aperture in close proximity to the sample, NSOM allows cell membrane imaging

with a lateral resolution essentially determined by the size of the aperture. In addition,

the evanescent field generated at the aperture extends only a few tens of nanometer in

the axial direction and, as such, inherently provides specificity to the cell membrane

with high signal-to-noise ratios.

In this chapter, we describe the principles of NSOM and its implementation for

biological studies. We then highlight the major contributions of the technique in

providing quantitative understanding of the nanolandscape of proteins and lipids on

the plasma membrane. Finally, we discuss emerging advancements on near-field

nanoscopy aimed at improving both its temporal and spatial resolution.

2 Near-Field Nanoscopy: Concept and Implementation

2.1 Principles

The diffraction limit in conventional microscopy arises from the size of the spot that

a light beam can be focused to with normal lens elements. In practice, the diffrac-

tion limit implies that the minimum distance Dx required to resolve independently

two distinct objects is dependent on the wavelength of the light used to observe the

specimen l, and the overall objective lens system, through the numerical aperture

(NA) of the objective, as Dx � l=2NA. With modern objectives having an NA as

high as ~1.4, the resolution of conventional microscopy becomes 250–300 nm in

the case of visible light.
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When an object, such a microscopic specimen, is illuminated with a (monochro-

matic) plane wave, the transmitted or reflected light is collected by a lens and

projected onto a detector to form the image. Usually, the detector is placed in the far

field, that is, multiple wavelengths away from the sample, so that the far-field

component of the light, which propagates in an unconfined way, is the only

component used to generate the image. On the other hand, the interaction between

the imaging light and the specimen also generates a near-field component, which

consists of a nonpropagating (evanescent) field existing only near the object at

distances less than the wavelength of the light. Since the near field decays expo-

nentially within a distance less than the wavelength, usually it cannot be collected

by the lens, and it is not detected. The essence of near-field optical microscopy is to

detect the near-field component before it undergoes diffraction. Alternatively, light

can also impinge on a subwavelength aperture, and the evanescent field generated at

the end of this aperture can be used to locally illuminate the sample, converting the

evanescent components in far-field radiation that can then be detected using

conventional objectives.

It is interesting to note that the idea of employing near-field optics to achieve

images beyond the diffraction limit was initially formulated by Edward H. Synge

already in 1928 [15]. His original suggestion was to create a minute aperture (of the

order of 100 nm) in a metallic screen to create a very small light source. This tiny

spot of light would then be used as local illumination source for the imaging of

biological specimens. In order to achieve near-field illumination, Synge pointed out

that it is necessary to keep the aperture at a distance (d) from the sample much

shorter than the aperture dimensions (d < a). The light transmitted through the

sample would be later recorded point-by-point with a sensitive detector to form the

image. However, to be able to engage in nanoscale imaging, Synge acknowledged

two crucial resolution-limiting factors that prohibited the implementation of the

technique at that time, (1) the need of having well-defined subwavelength apertures

and (2) the need of keeping the aperture extremely close to the sample, in the near-

field region. It took nearly 50 years until Ash and Nicholls realized such a scheme

operating in the microwave region, reporting a resolution of the order of one-

sixtieth of the wavelength [16]. In the mid-1980s, through the invention of the

scanning tunneling microscope (STM), two independent labs [17, 18] realized the

original Synge’s scheme with visible light. In both instruments, the key innovation

was the implementation and fabrication of subwavelength optical sources with

sufficient output power.

Since then, many different concepts for aperture fabrication have been explored [19].

The most used approach for biological research was introduced in 1991 by Betzig

et al. [20], consisting in the use of single-mode optical fibers tapered to a tip size of

about 50 nm. Nowadays, NSOM probe fibers are fabricated through heating-pulling

methods [20], wet etching [21], or a combination of both [22]. Subsequent alumi-

num evaporation prevents light leakage from the fiber. The very end of the tip is

milled open using focused ion beam (FIB) technology, resulting in apertures of

50–100 in nm diameter [23].
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As already mentioned, the second and crucial requirement for near-field

nanoimaging is the correct positioning of the probe close to the specimen. Indeed,

since the intensity at the subwavelength aperture probe decays exponentially away

from the probe, efficient excitation requires accurate control of the probe-sample

distance below 10 nm. A way to control this distance in a fiber-based instrument is

by relying on shear forces between the probe and the sample [24, 25]. This can be

achieved using quartz tuning forks oscillating at their resonance frequency. When

in proximity to the sample, shear forces dampen the amplitude and the phase of the

fork oscillation, and the feedback on either of these signals is then used to keep the

distance constant. In addition, the feedback signal is used to generate a topographic

map of the sample surface, with resolution and sensitivity comparable to tapping-

mode AFM. Other successful implementations to control the probe-sample distance

make use of concepts similar to tapping-mode AFM, where the tip is bent by ~90�

and used to vertically oscillate above the sample surface [22, 26]. In the last few

years, different concepts have been also implemented that allow reproducible

imaging under liquid conditions, enabling imaging of biological specimens in

physiological settings [27–30].

The evanescent character of the near-field illumination makes NSOM a surface-

sensitive technique, ideally suited for probing cell membranes. Additionally, the

small illumination volume (~105 nm3) strongly reduces background components

arising from cell autofluorescence and/or internalized fluorophores. Noteworthy,

NSOM imaging can be obtained with any fluorophores, and the illumination

geometry allows straightforward implementation of multicolor excitation. Taken

together, these properties constitute an important asset of NSOM over other

surperresolution techniques, enabling truly quantitative mapping of the molecular

organization of the cell membrane. Although as other raster-scanning techniques,

NSOM imaging is inherently slow, combination of NSOM with FCS provides

measurement of dynamics on living cell membranes in ultra-confined volumes.

Additionally, probe design based on optical antennas further improves lateral

resolution below 30 nm. For these reasons, NSOM constitutes a valuable tool to

characterize spatiotemporal details of many biological processes occurring on the

cell membrane.

2.2 Implementation for Biological Membrane Nanoimaging

Depending on the application, NSOM can be implemented in multiple different

geometries [31]. For biological studies, the most widely used NSOM configuration

relies on the use of aperture probes, incorporated into an inverted optical micro-

scope, with near-field excitation through the probe and far-field detection using a

high NA objective and sensitive detectors [32, 33], as schematically depicted in

Fig. 1.

For NSOM operation, the excitation light is coupled into the cleaved end of the

fiber probe, reaching the sample through the nanometric aperture at the other end of
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the fiber and exciting fluorescent markers attached to the biological molecules

under investigation (proteins and/or lipids). The entire setup configuration can

also include the possibility to switch to standard confocal excitation by directing

the excitation light into the microscope objective. In both cases, after excitation of

the sample, the fluorescent emission is detected in confocal configuration, and

imaging is achieved by scanning the sample with respect to the excitation source.

By using single-photon-counting APD detectors and an optimized emission

path, NSOM can allow detection of individual proteins on intact cell membranes

with high signal-to-background ratios, achieving localization accuracies between

3 and 5 nm. In typical experiments, the sample is first scanned in a confocal fashion,

and then NSOM is used to obtain surperresolution images of selected regions of the

plasma membrane. Imaging of biological samples in liquid conditions while pre-

serving efficient distance feedback is obtained by enclosing the tuning fork resona-

tor into an airtight sealed diving bell [27, 34].

3 NSOM Imaging of Cell Membranes

3.1 Compartmentalization of the Cell Membrane

The fluid mosaic model, proposed in the seminal paper by Singer and Nicolson [35],

describes the plasma membrane as a lipid bilayer, forming a two-dimensional fluid

in which molecules are randomly distributed and diffuse freely. In contrast with this

Fig. 1 (a) Combined confocal/NSOM setup for cell membrane studies. Excitation of the sample

occurs either in confocal mode or by coupling the excitation light into the NSOM probe (zoom in).

For surperresolution imaging, the NSOM probe is raster-scanned over the cell membrane, follow-

ing the topographical features of the cell. (b) Scanning electron microscopy image of a represen-

tative NSOM probe (Scale bar: 100 nm). (c) Schematic view of the shear force feedback

implemented using tuning forks as piezoelectric sensor elements
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hypothesis of simple homogeneous lipid mixing, an ever increasing number of

publications appear to confirm that cell membranes are heterogeneously arranged

both in the plane of the bilayer and across the two leaflets. This heterogeneity has

been evidenced by the spatial and temporal confinement exhibited by proteins and

lipids in defined micro- and nanoscale areas of the membrane (Fig. 2) [36, 37].

Transient associations between lipids and proteins within these microdomains can

have direct impact on the biological function of these molecules and therefore on

cellular processes they control. Yet, the mechanisms orchestrating the formation of

membrane domains in biological membranes remain enigmatic and are thought to

include protein-protein and cytoskeletal or lipid raft associations [36, 38–40].

In particular, membrane microdomains enriched in sphingolipids and cholesterol

known as lipid rafts [41] have been postulated to favor segregation of specific mem-

brane receptors and glycosylphosphatidylinositol-anchored proteins (GPI-APs). Lipid

rafts have been shown to play an important role in various biological phenomena,

ranging from cell adhesion [42] to pathogen binding [43], endocytosis [44],

and immune cell signaling [45]. However, there is no consensus yet on the spatiotem-

poral regimes regulating lipid rafts in the resting state. This is mainly because their

evaluation requires tools compatible with live cell imaging and capable of resolving

heterogeneities at the nanoscale, a spatial regime not accessible to standard fluores-

cence microscopy. Nevertheless, recent advances in biophysical techniques have led to

the identification of cholesterol-dependent nanoassemblies, supporting their existence

in living cells [14, 46, 47].

Besides lipid-lipid interactions that serve to target proteins to lipid rafts [3, 48],

protein-lipid [49] as well as protein-protein [50] interactions can have a significant

impact on lipid raft localization. It should be noted that studies have also

demonstrated the formation ofmicrodomains in activated T cells exclusively created

by protein-protein networks and not maintained by interactions with lipid rafts [40].

a b

actin non-raft lipid raft lipid protein

Fig. 2 Spatiotemporal heterogeneity of the cell membrane. (a) Different biological players

contribute to the spatial compartmentalization of the cell membrane, including the actin cytoskel-

eton, protein-protein, and lipid-lipid interactions. (b) These players also compartmentalize the cell

membrane in a dynamic fashion. For instance, lipids can diffuse freely on the cell membrane and

get transiently confined (red circle) by the action of the actin network, actin-bound proteins, and/or
cholesterol-enriched regions
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The diffusional trapping through protein-protein interactions generated

microdomains that could recruit or reject specific cell membrane proteins during

signal transduction.

Protein-protein interactions can be also modulated by the presence of

tetraspanins, a large family of proteins that traverse the membrane four times [51].

Tetraspanins have been found to interact strongly among each other [52] as well as

with other integral proteins [53], which has led to the hypothesis that tetraspanins are

involved in the lateral sorting of proteins on the cell membrane. Indeed, not only can

tetraspanins organize themselves in a structure also known as the tetraspanin web

[54, 55], but on endothelial cells the incorporation of a multitude of cell adhesion

proteins in tetraspanin-enriched areas have been identified as preorganized adhesion

platforms [56].

Another family of proteins that can form networks is represented by galectins.

Galectins can generate scaffolds or lattices through interactions of their carbohy-

drate recognition domains (CRD). These CRDs can bind glycosylated proteins at

the membrane, and therefore galectins that have multiple CRDs can recruit and

compartmentalize receptors. Galectin-1, for example, has been found essential for

EGFR signaling through the formation and sustaining of active H-Ras nanoclusters

[48, 57]. In addition, other galectins such as galectin-3 can even form links between

carbohydrate and noncarbohydrate ligands [58]. As such, galectins can act as

versatile molecular organizers of the cell membrane.

Aside from lipid and protein interactions, the actin cytoskeleton that lies just

below the membrane is also able to compartmentalize the membrane. Transmem-

brane proteins anchored to the actin cytoskeleton meshwork can act as “rows of

pickets” that temporarily confine diffusing lipids and proteins [59, 60]. More

recently, an exact relationship between protein dynamics and actin-defined

compartments has been directly visualized [61]. In this elegant paper, the authors

not only showed that the diffusion of the IgE receptor (FceRI) is confined within

actin-poor areas but also demonstrated that the size and location of these actin

barriers changed over time, indicating that the type of diffusion barriers formed by

the actin cytoskeleton is time-dependent [61].

3.2 NSOM Contribution to Study Biological Membranes

Because of its exquisite surface sensitivity, NSOM is particularly useful for nano-

scale imaging of proteins and lipids at the cell membrane. In fact, the feasibility of

using NSOM to image nanoscale features on biological membranes was already

demonstrated in 1992 by the pioneering work of Betzig and Trautman [62]. A few

years later, Enderle et al. used for the first time dual-color NSOM to directly

measure the association of host and parasite proteins in malaria (Plasmodium
falciparum)-infected erythrocytes [63]. Since then, NSOM has been applied to

the study of many different receptors and lipids on biological membranes.
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3.2.1 Lipid Rafts

In the context of lipid rafts, NSOM has been the used to visualize the nanoscale

organization of gangliosides GM1 and GM3, two sphingolipids thought to partition

in rafts. Using NSOM in combination with quantum dot labeling, Chen and

colleagues found that these two characteristic raft lipids organized in small

nanodomains on the membrane of MDCK cells [64]. The nanodomains were

comparable in size with diameters of 160 and 190 nm for GM1 and GM3, respec-

tively. By taking advantage of the simultaneous topographic information provided

by NSOM, the researchers found that GM3 domains were preferentially localized at

the peak of microvilli-like protrusions on the cell membrane. In contrast, GM1 lipid

domains were localized at the slope or valley of the membrane fluctuations,

indicating that the two raft lipids do not spatially colocalize. Although such a

segregation of distinct raft domains was already observed in polarized T cells and

directly correlated with cell migration capacity [65], spatial segregation of different

raft constituents on resting cells had not been reported yet.

As an alternative raft marker to GM1, Abulrob et al. examined the membrane

partitioning of asialo-GM1, an abundant glycosphingolipid in HeLa cells [66].

NSOM showed that asialo-GM1 is localized in small nanoclusters of about 90 nm

in size. In addition to clusters, a second unclustered and more diffusive population

of asialo-GM1 was observed. The authors hypothesized that nanoclusters would

correspond to raft lipids while the diffusive asialo-GM1 population would not be

associated with rafts [66].

Recently single-molecule near-field nanoscopy has been used to visualize the

nanolandscape of GM1 after binding by its ligand cholera toxin (CTxB) on intact

monocyte membranes [67]. Pentavalent binding of CTxB to GM1 was sufficient to

initiate a minimal raft coalescence unit, resulting in the formation of cholesterol-

dependent GM1 nanodomains <120 nm in size. This particular arrangement

appeared independent of cell type and GM1 expression level on the membrane,

since GM1 nanodomains were observed both on monocytes as well as on dendritic

cells. Cholesterol depletion abrogated GM1 nanoclustering demonstrating the cru-

cial role of cholesterol for maintaining the integrity of these nanodomains. Simul-

taneous dual-color high-resolution images revealed that the canonical raft

component CD55 (a GPI-AP) was recruited to regions proximal (<150 nm) to

CTxB-GM1 nanodomains without physical intermixing (Fig. 3), but not the nonraft

protein CD71 [67]. These results demonstrated the existence of raft-based compo-

sitional connectivity at the nanoscale crucially mediated by cholesterol. The data

further suggested that such a connective condition on resting cell membranes

constitutes an obligatory step toward the hierarchical evolution of large-scale raft

coalescence upon cell activation. More conventional techniques such as FRET are

unable to report on such a spatial proximity at spatial scales >10 nm. On the other

extreme, diffraction-limited techniques such as confocal microscopy would mis-

leadingly show colocalization between different components located at distances

<300 nm (Fig. 3a). As such, NSOM is capable of bridging the gap between 10 and

300 nm providing exquisite information at these important spatial scales.
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3.2.2 Receptor Nanoclustering

Besides the lipid-lipid interactions that define lipid raft microdomains, many

membrane receptors have been seen to precluster in the resting state independent

of their raftophilic character [11, 12, 42, 43, 68]. An example studied with NSOM is

the receptor DC-SIGN, expressed on antigen presenting cells and involved in the

recognition of several pathogens [43]. Previous studies with electron microscopy

showed that although DC-SIGN partially associates with lipid rafts, depletion of

cholesterol did not affect DC-SIGN capacity for forming nanodomains on the

surface of immature dendritic cells (imDCs) [43]. Single-molecule NSOM con-

firmed that as much as 80 % of the receptors form nanoclusters of 185 nm in size

randomly distributed on the membrane of imDCs [69]. Interestingly, the molecular

density of these nanoclusters was extremely heterogeneous, with some nanoclusters

containing only a few molecules while others contained as much as 20 DC-SIGN

molecules per cluster. Together with the broad capability to bind to many different

pathogens, these results suggest that the particular heterogeneous packing of

DC-SIGN might serve to maximize its binding strength to a large variety of viruses

and pathogens having different binding affinities to the receptor. In contrast to

DC-SIGN, clusters of IL2R and IL15R (two members of the interleukin family

expressed in human T lymphoma cells) were found to have a constant packing

density albeit forming clusters of different sizes [70]. The linear increase in number

of receptors with domain size suggested a general “building block” type of assem-

bly for these receptors on the cell membrane.
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Fig. 3 Imaging nanoscale compositional connectivity with NSOM. (a) Confocal image of the

raftophilic protein CD55 (green) and CTxB-GM1 (red) onmonocytes. An artifactual high degree of

colocalization (yellow) is observed as a result of the limited resolution in confocal (Scale bar: 5 mm).

(b) Dual-color NSOM image of CD55 (green) and CTxB-GM1 nanodomains (red) on monocytes.

No colocalization (lack of yellow spots) between these components is observed at the nanoscale

(Scale bar: 1 mm). (c) Interparticle-nearest neighbor distribution (i-nnd) of CD55 to its closest

CTxB-GM1 nanodomain (bars) together with simulations of random spatial distribution of proteins

and CTxB-GM1 nanodomains (red line). Inset: Residuals between the distributions obtained by

experiments and random simulations. The increased occurrence of distances <150 nm, as com-

pared to the simulations, demonstrates a spatial proximity, or compositional connectivity, between

CD55 and the CTxB-GM1 nanodomains. Adapted with permission from Ref. [67]
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In another NSOM study, Vobornik et al. could address whether cluster size of

a particular receptor is dependent on its expression level [71]. Although the

expression levels of the b2-adrenergic receptor (b2AR) were increased by threefold,
the average cluster size remained similar, and in the order of ~130–150 nm,

suggesting that these receptors might have a biological preferred organization in

nanodomains. Along these lines, the epidermal growth factor receptor (EGFR) also

organizes in nanoclusters, and this organization is preserved even after ligand

presentation [72].

Aside from cluster size, composition, or packing density, the specific distribu-

tion of receptor nanoclusters on the cell membrane might also reflect a different

function. While in some cases receptor nanoclusters might be randomly distributed

on the cell surface, in many other cases, receptors can be enriched in specific

regions such as microvilli-like structures, indicating for instance a preference for

high membrane curvature sites. Exploiting the simultaneous topography and fluo-

rescence information afforded by NSOM, Chen et al. found that the hyaluronan

receptor CD44 was confined in nanometer-sized domains of about 275 nm [73]. In

addition, the spot density was significantly higher on the filopodia regions and

membrane protrusions, as confirmed by the topography images (Fig. 4). The

authors speculated that since most of the CD44 is located on filopodia, the receptor

enhances its binding properties to the extracellular matrix by concentrating in

Fig. 4 NSOM images of a local area of cells stained for CD44. (a) NSOM fluorescence image

obtained by zooming the indicated area in the inset. (b) Corresponding NSOM topographic image.

(c) Composite 3D image, the 3D image displays a combination of the topographic data and

fluorescence data. The inset shows CD44 molecules locate on slender, microvillus-type plasma

membrane protrusions. Reproduced with permission from Ref. [73]
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these regions. Moreover, the same group recently found that at the onset of T cell

activation, nanodomains of the early activation marker CD69 polarized on the

peaks of membrane fluctuations [74]. In contrast, the transferrin receptor (CD71)

organized in the valleys of membrane fluctuations [74]. Since CD71 is mainly

involved in iron uptake via endocytosis, the authors suggested that its positioning in

the valleys might correspond to sites for endocytosis.

3.2.3 Multimolecular Interactions

Cell-signaling events commonly involve a multitude of proteins and/or lipids.

Although many of the molecular players involved in specific signaling processes

can be readily identified by biochemical means, very little is still known about their

tight spatial organization on the membrane. Zhong et al. used NSOM to investigate

the nanoscale organization of CD3 and CD4 at different stages of TCR/CD3 activa-

tion on T cells [75]. In the resting state, CD3 and CD4 organized mainly as small

nanoclusters made of a few proteins, with only 6–10 % of CD3 colocalizing with

CD4 in 70–110-nm nanoclusters. Stimulating the T cells with anti-CD3 antibodies

induced a significant reorganization of CD3 and CD4. This reorganization was not

only restricted to enhanced clustering of the individual proteins. In fact, there was a

significant co-clustering of the CD3 and CD4 nanoclusters into 200–500-nm-size

domains on the T cell membrane [75]. The production of interleukins by the T cells

due to anti-CD3 stimulation suggested that this co-clustering was sustaining

TCR/CD3 signaling and activation. Interestingly, applying a different pathway for

T cell activation only resulted in an enhanced cluster formation of CD3 and CD4 but

not co-clustering [75]. This demonstrated that CD3 and CD4 co-clustering is an

intrinsic event specific for the TCR/CD3-mediated activation pathway rather than an

effect of activation-induced changes in the cortical cytoskeleton.

Dual-color NSOM has been also used to investigate the association of b2AR and

caveolae on the surface of cardiac myocytes [76]. The study showed that 15–20 %

b2AR nanoclusters colocalized in caveolae, which are small ~60-nm invaginations

of the cell membrane. The lack of complete colocalization suggested that the

diverse functional properties of b2AR could arise from multiprotein complexes

that are not caveolar in nature. Nevertheless, the fraction of b2AR not colocalizing

with caveolae appeared to be organized proximal to it. Interestingly, this indicates

that b2AR clusters are both preassembled in, that is, colocalized, or close to

caveolae.

Recently, we investigated the spatiofunctional relationship between the integrin

receptor LFA-1 involved in leukocyte adhesion and raft components (GPI-APs)

[77] using dual-color NSOM. While LFA-1 formed nanoclusters of ~85 nm in size

on resting monocytes, ~70 % of the GPI-APs organized as monomers, and the

remaining 30 % formed small oligomers containing up to two to four molecules.

Surprisingly, whereas GPI-AP monomers distributed randomly on the cell surface,

the oligomers resided in regions proximal to each other (within ~250 nm). In the

resting state, that is, prior to LFA-1 activation, ~50 % of the GPI-AP oligomers
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were found close to LFA-1 nanoclusters, whereas GPI-AP monomers exhibited no

particular spatial correlation with respect to LFA-1. Ligand-mediated LFA-1 activa-

tion not only resulted in a spatial interlocking of the integrin and GPI-APs generating

nascent adhesion sites but importantly resulted in an interconversion from monomers

to nanodomains of GPI-APs [77]. These data demonstrated the existence of

nanoplatforms composed by integrins and rafts as essential intermediates in nascent

cell adhesion. Since raft association with a variety of membrane proteins other than

LFA-1 has been documented, we proposed that hotspot regions enriched with raft

components and functional receptors may constitute a prototype of nanoscale inter-

receptor assembly and correspond to a generic mechanism to offer cells with

privileged areas for rapid cellular function and responses to the outside world.

3.3 Nanoscale Fluorescence Correlation Spectroscopy
on Living Cell Membranes

Dynamics of proteins and lipids can be measured by several techniques, such as

fluorescence recovery after photobleaching (FRAP) [78, 79], single particle track-

ing (SPT) [80, 81], and fluorescence correlation spectroscopy (FCS) [82]. The use

of FCS has been found advantageous to measure fast diffusion owing to the high

temporal resolution, easy data collection, and analysis offered by this technique

[83]. FCS is based on the measurement of fluctuations of the fluorescence intensity

from a well-defined area. These fluctuations arise from fluorescent molecules

diffusing in and out of the excitation volume and can be autocorrelated in time

to provide information regarding the diffusion of the labeled molecules [82]. The

average dwell time of fluctuations is directly related to the diffusion coefficient,

while the shape of the autocorrelation function (ACF) indicates the type of

diffusion [84].

In heterogeneous systems such as the cell membrane, diffusion is influenced by

protein confinement and/or interactions. Since these effects might take place on

short spatial and temporal scale (Fig. 2b), their detection requires an illumination

area comparable to the membrane heterogeneities length scale, combined with high

temporal resolution [14]. In this context, the reduced illumination size offered by

NSOM probes combined with an FCS approach offers an exquisite tool to monitor

single-molecule dynamics at the nanoscale, beyond the limited time resolution

associated with the conventional scanning probe approach, thus obtaining high

temporal resolution in ultra-confined illumination volumes.

The first demonstration of FCS using an NSOM approach was performed in

2008 by Vobornik et al. [85], by measuring the mobility of fluorescent lipids in

supported lipid bilayers. More recently, the group of Naber succeeded for the first

time to measure the transport kinetics at a single nuclear pore using the combination

of FCS and NSOM [86]. In here, the distinct characteristic of the evanescent field

was exploited to determine diffusion of ligands transported axially through the
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pore. These examples demonstrated that NSOM-FCS might indeed become a

valuable tool to study single-molecule mobility both on the lateral and/or axial

direction and at the nanoscale. Yet, the application of NSOM-FCS on intact living

cells has been challenged by the difficulties in keeping the probe in close proximity

to the soft and flickering cell membrane in a noninvasive way.

Recently, we optimized the feedback system based on tuning forks operating in a

diving bell configuration to stably maintain the NSOM probe in close proximity to

the cell membrane, with distance fluctuations of the order of 1 nm [87]. We then

used the system to demonstrate the capability of NSOM-FCS to measure the lateral

mobility of different lipids on the membrane of living CHO cells [87].

As an example, fluorescence fluctuations obtained in confocal and NSOM mode

for the lipid analog PE (nonraft lipid) and SM (raft lipid) incorporated in the

membrane are shown in Fig. 5a–d. In all cases, we observed the characteristic

fluorescence bursts associated with fluorophores diffusing in and out of the excita-

tion area. Comparison of confocal and NSOM fluorescence traces highlights the

specificity of NSOM to the cell membrane. Since the evanescent field exiting the
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NSOM probe only excites the membrane-proximal cytosolic region, we observed a

five- to tenfold increase of signal-to-noise ratio with respect to confocal illumina-

tion. At the large illumination area of confocal excitation, both lipids display

similar bursts. Notably, with the reduced illumination area by NSOM, the width

of the fluorescence bursts for the lipid analog PE becomes narrower. In contrast, the

fluorescence bursts arising from SM show a smaller width reduction with respect to

confocal FCS and a wide variety of widths, implying different transit times through

the NSOM illumination region (Fig. 5d). The difference in fluorescence fluctuations

between PE and SM already hints at a different diffusion of SM on a spatial scale

comparable to the illumination area of the NSOM probe.

Further details of the lipid diffusion can be obtained by calculation and fitting of

the ACF. In general, the autocorrelation curve is fitted with a suitable function to

obtain the diffusion characteristic parameters [83]. Determination of the fitting

function requires the knowledge of the field intensity distribution in the illumina-

tion area. Whereas for confocal illumination the intensity has a Gaussian profile and

the corresponding ACF can be analytically calculated [88], the exact intensity

distribution from a circular NSOM probe is exceedingly complex so that an

analytical ACF is difficult to obtain. However, Vobornik et al. [85] found that the

analytical ACF obtained for an NSOM square aperture satisfactorily approximate

the circular case. Generalization of this ACF to take into account anomalous

diffusion provides:

GðtÞ ¼ erf 2
tD
t

� �a
2

� �

� 1

2
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where erf(x) represents the error function, t the lag time, tD the average time spent

by the fluorescent lipid in the excitation area and a the anomalous diffusion

exponent. For free diffusion, this anomalous exponent is equal to 1. Diffusion

coefficients are calculated as D ¼ A/(4tD), where A is the effective illumination

area. In the confocal case, A ¼ d2/(2ln2) for a Gaussian profile with full-width-at-

half-maximum d ¼ 250 nm. For NSOM-FCS, A ¼ pr2, where r is the radius of the
aperture of the NSOM probe [85].

The fitting of ACF curves obtained for the lipid analog PE in confocal FCS and

NSOM-FCS (r ¼ 60 nm and 90 nm) provided a ¼ 1, consistent with a free

diffusion model. The diffusion time showed a linear dependence with the excitation

area (Fig. 6a), confirming Brownian diffusion and providing a diffusion coefficient

value D ¼ 0.5 mm2/s [87]. The linearity of the diffusion time and the consistency of

the diffusion coefficient with previously published values [14, 89] ensured the

robustness and the reproducibility of the NSOM-based approach. Contrarily to

PE, the correlation curves for SM show a markedly different behavior. Although

when measured with confocal FCS, SM showed a similar behavior as PE [87], at the

nanometric area of the NSOM probe, the correlation time shows a smaller reduction

compared to the one-order-of-magnitude change observed for PE. Moreover, the

NSOM correlation curve of SM also displays a slower decay associated with a
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lower a value, typical of confined diffusion (Fig. 6b, a ¼ 0.79 � 0.07) [87]. The

anomalous behavior of SM is entirely consistent with a cholesterol-induced con-

finement of sphingolipids [14, 90, 91]. Since this trapping occurs in nanometric

membrane domains, its effect on the diffusion dynamics could only be revealed by

the ultrasmall illumination volume provided by NSOM.

There is a large potential for the use of NSOM-FCS since it combines membrane

(proximal) specificity and high signal-to-noise ratios. The high temporal resolution

together with the reduced excitation area allowed a dynamic inquiry of lipid

behavior at the nanoscale. Further application of the FCS scaling law [90] should

lead to more information regarding trapping times, the exact size of the nanoscale

heterogeneities that hinder SM diffusion as well as its true free diffusion coefficient.

Since multiple wavelengths exciting the NSOM probe overlap at the nanoscale, an

exciting path lies ahead, where dual-color cross correlation might be able to address

questions of inner-outer leaflet coupling, signaling complex formation, and the

intimate relation between rafts and the actin cytoskeleton. Critical for this progress

will be the fabrication of bright probes that confine the excitation light to truly

nanoscale dimensions.

3.4 Superresolution Imaging of Cell Membranes
Using Optical Antennas

Despite the significant gain in resolution using conventional NSOM probes with

respect to standard fluorescent techniques, there are still open challenges regarding

its spatial resolution. Indeed, valuable information at the nanometric scale might
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still be obscured if the resolution cannot be pushed toward the ultimate level of

single proteins or lipids, below 10 nm.

The challenge regarding optical resolution using probe-based NSOM is largely

due to the intensity of the field exiting the subwavelength aperture. Light through-

put (measured in the far field) for 100-nm-sized NSOM probes drops to about

10–4–10–6 of the incoming input. This, together with a maximum power input

related to the probe damage threshold, limits the practical resolution to about

50–70 nm for single-molecule applications. The reason for the intensity drop is

that there is a cutoff region in the tapered fiber where the diameter is ~l, after which
light propagation is not possible and the intensity decreases exponentially until the

aperture. In order to increase the light throughput of standard optical fibers, one can

approach the original idea of Synge where a metallic plate containing a

subwavelength aperture is presented in front of a propagating wave. Cutting the

fiber before the cutoff region and reevaporating a thin metal layer at this end-facet

with a nanohole in the center indeed improve throughput by 100-fold as well as the

damage threshold by 40-fold [92]. Although this type of probe fabrication allows

one to work with smaller apertures [92], the maximum resolution is still limited by

the finite skin depth of the metal. In addition, the large end-facet of these probes

complicates measurements on cell membranes where smaller structures might force

the aperture to move out of the near-field region.

An alternative approach is to use optical antennas where surperresolution at the

nanoscale is accompanied by electric field enhancement, thus providing brighter

illumination sources. The main idea of optical antennas is to localize and enhance

the optical radiation into a nanometric region, similar to electromagnetic antennas,

which convert propagating radiation into a confined zone. Research into photonic

antenna structures is still at the fundamental level, and studies so far have mainly

concentrated on, for example, the influence of photonic antennas on dipole emis-

sion [93] or how the generated near-field can influence the photophysical properties

of dyes [94]. Nevertheless, the first applications in the field of biology are emerging,

as for instance the imaging of single Ca2+ channels on erythrocyte plasma

membranes at 50-nm optical resolution in aqueous conditions [29]. In these

experiments, single gold particles positioned at the end of NSOM probes have

been used as optical antennas to localize the incident far-field laser irradiation

proximal to erythrocyte plasma membranes with fluorescently labeled Ca2+ pumps.

However, large background due to the far-field irradiation required signal-to-noise

improvement using modulation methods [95]. A different excitation scheme that

suppresses background illumination was first proposed by Frey et al. [96] and more

recently, refined by Taminiau et al. [97]. In these tip-on-aperture antennas, the local

illumination properties of aperture-type NSOM are used to drive the antenna to

resonance.

The antenna probes are fabricated in a way similar as to conventional NSOM

probes, but FIB milling is used to create the antenna on the flat end-face next to the

circular aperture. The length, width, and radius of curvature of the antennas can be

carefully controlled by the FIB milling process. To drive the antenna at its reso-

nance, it is necessary to apply a field along the axis of the antenna, that is, in the z
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direction. For an aperture probe, it has been demonstrated experimentally [23, 98]

and theoretically [99, 100] that this component is present at the aperture edges in the

direction of the incoming polarization. Therefore, during fabrication, the antenna is

positioned at the edge of the aperture, that is, at the interface between the glass and

the aluminum. Using this configuration, single-molecule detection with 30-nm

resolution and virtually no background has been demonstrated [97]. This approach

allowed to obtain promising results for nanoscale imaging on cell membranes

[101].

Although there is a strong analogy between optical antennas and their radio

frequency and microwave counterparts, there are some crucial differences. These

differences mainly arise from the fact that metals are not perfect conductors at

optical frequencies. This affects the scaling properties of the antenna in relation to

resonance. In order to relate the antenna geometry to the resonance conditions, the

effective wavelength for resonance can be estimated using [102]:

leff ¼ l
ffiffiffiffi

eS
p

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

x lð Þ
1þ x lð Þ

s

� 4R

where l is the incident wavelength, eS the dielectric constant of the medium, R the

antenna radius, and x(l) is given by:

x lð Þ ¼ 4p2eS
R2

l2

� �

a1 þ a2
l
lp

� �2

where lp is the plasma wavelength of the metal and a1 and a2 are coefficients that
depend on the metal properties [102]. For a monopole antenna, resonance occurs at

Lres¼ leff/4. In the case of Al-antennas, resonant at l¼ 633 nm in liquid conditions,

realistic designs using FIB technology consist on antennas of R ~ 25 nm and length

~80 nm. Interestingly, while on conventional NSOM probes the reduction of the

aperture size dramatically decreases the total field intensity, a reduction in the

diameter of the antenna not only confines the field to a smaller area but additionally

increases the power density at the antenna apex.

Since antenna probes are fully compatible with standard NSOM setups, they can

be readily used as nanosources for the imaging of biological specimens. Figure 7a

shows a confocal image of fluorescently labeled antibodies attached to a glass

surface, while Fig. 7b displays the counterpart image as obtained using an antenna

probe with L ¼ 110 nm and R ¼ 25 nm, as shown in the inset. The exceptional

increase in resolution is clearly apparent by comparing both images. Remarkable

from the cross sections shown in Fig. 7c–d is not only the increase in resolution but

also the excellent signal-to-background (S/B) ratio obtained. This S/B ratio of ~30

results from the highly localized electric field at the antenna apex while keeping the

background contribution negligible. As comparison, conventional aperture probes

with similar incoupling conditions at the back-end of the probe result in S/B ~10.

Hence, the accuracy on the determination of the center-of-mass of the fluorescence
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spots (given by ~FHWM/(S/B) where FHWM is the full-width-at-half-maximum

of the fluorescence spot, [103]) can be as good as ~1 nm, demonstrating the high

degree of field localization afforded by probe-based antennas. More recently, we

have been using these antenna geometries to study the nanoscale organization of

adhesion receptors on the membrane of intact monocytes, obtaining a superb

resolution of 30 nm [104].

4 Summary

In this chapter, we surveyed recent technological developments in near-field

nanoscopy and discussed recent studies in which NSOM has been applied to

address key questions in the field of cell membrane biology. Owing to its surface

sensitivity and excellent localization accuracy, NSOM has been able to map

molecular interactions and their spatial nanoscale proximity on intact mammalian

cell membranes in relation to function. We have highlighted first exciting results

where optical antennas have been already extended to biological applications to

quantitatively image, with exceptional resolution, intact cell membranes in physio-

logical conditions. Concepts from FCS implemented in ultra-confined volumes as

afforded by NSOM probes allow nowadays measurements of ultrafast dynamics at

the nanoscale in living cell membranes.

Within the context of nanoscale imaging of biological samples, it is important to

realize that aside fromNSOM, a palette of new far-field surperresolution approaches

are also becoming available to the biophysical community. The various techniques

such as NSOM, STED, (F-)PALM, and STORM are complementary to each other in
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terms of specific advantages and limitations. NSOM and STED share a reduced

excitation volume. In the case of NSOM, the evanescent character of the excitation

field in the axial direction grants exquisite sensitivity for cell membrane studies but

also restricts its application toward intracellular nanoimaging. In contrast, STED can

take advantage of standard confocal geometries and therefore allow optical section-

ing at the nanoscale and even provide video-rate imaging. However, STED requires

fluorophores that can cycle many times between dark and bright states. In addition,

since the two beams that reshape the excitation field should be aligned properly in

time and space, the optical design is rather complex and multicolor imaging chal-

lenging. NSOM on the other hand does not rely on the photophysical properties of

the fluorescent markers (organic fluorophores, QDots, autofluorescent proteins, etc.)

and provides multicolor imaging in a straightforward manner. In contrast to the

complex setups of NSOM and STED, PALM and STORM require relatively simple

wide-field setups. To reconstruct high-quality surperresolution images, a single-

molecule-sensitive camera should detect all emitters labeling a specific structure

with sufficient number of photons to get position accuracy down to tens of nm. This

can require long measurement times and therefore restricts imaging to slow-mobile

or static structures. Still, using sufficient fluorophores in order to fulfill the Nyquist

requirements, it is possible to readily obtain impressive reconstructed surperre-

solution images. Further improvement of far-field methods, such as STED/(F)

PALM/STORM, and their application to tackle complex biological questions cru-

cially depend on the photophysical properties of the dyes used.

For the near-field technique discussed in this chapter, improvement of methods

or geometries that can generate high electromagnetic fields at the nanometer scale

will become crucial for successful applications in biology. In this sense, concepts

from the booming field of optical antennas to quantitatively image with unprece-

dented resolution and/or concepts from FCS to allow the measurements of ultrafast

dynamics at the nanoscale should enrich the palette of near-field biophysical

methods to gain understanding of fundamental processes that occur on the cell

membrane. Other possibilities lie in the use of different shapes such as nanostars

that generate highly localized plasmonic hotspots [105] or the use of large-aperture

nanostructured NSOM probes to increase throughput but maintain field confine-

ment at the nanoscale [106]. We await an exciting time where nanofabrication and

progress in nanophotonics will allow us to have a closer look at the fundamental

properties of cellular membrane organization and function.
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Part III

Characterization of Membrane Proteins
and Receptors by Advanced Fluorescence-

Based Imaging Techniques



Unveiling Biophysical and Biological Properties

of a Hypothetical Membrane Receptor by

Exploiting Recent Imaging Advances

Pauline Gonnord and Rajat Varma

Abstract Fluorescence microscopy is indispensable in the study of biological

systems at various length scales. This rapidly evolving field continues to offer

researchers cutting-edge techniques that enhance spatial and temporal resolution,

especially with the invention of superresolution methodologies. In this chapter, we

focus on techniques that have aided in the understanding of various cell biological

phenomena. Each technique has certain boundaries of spatial and temporal resolu-

tion, and fluorophore density in a particular biological sample may limit the

applicability of some techniques. We discuss strengths and weaknesses of many

such techniques by considering their use in understanding the biological function of

a hypothetical membrane receptor. We conclude that a combination of techniques is

required to fully understand any cell biological process.

Keywords Fluorescence � Light microscopy � Molecular Interactions �
Spectroscopy � Superresolution microscopy
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1 Introduction

Genetics offers us the power of identifying the molecular players in any biological

process, and biochemical tools give us invaluable information about how these

players interact with each other and in what sequence. These tools, however,

become limiting in understanding how these molecular players interact with each

other in cells and living organisms. The reason for this limitation is that components

of biological systems are compartmentalized in space and time. Optical microscopy

offers us the opportunity to understand this biological organization by observing

biological systems and processes with high spatial and temporal resolution. Over

the last four decades, optical microscopy has revolutionized our understanding of

various cell biological processes such as endocytosis, cell adhesion and migration,

signal transduction, cell division, cell energetics, cell death, and protein synthesis

and has uncovered a plethora of principles governing the compartmentalization of

cellular components. Optical microscopy is a rapidly evolving field that is con-

stantly breaking barriers of spatial and temporal resolution. Today, a toolbox of

optical techniques is available to cell biologists, and the challenge lies in effectively

using these techniques to uncover the mechanism of action of a group of proteins or

a particular biological process.

Before choosing any imaging technique to answer a biological question, one

needs to ask three questions: (1) what is the spatial resolution desired? (2) What is

the temporal resolution desired or on what time scale is the phenomenon occurring?

(3) What is the light output that will be obtained given the knowledge of the

expression level of the molecule and its labeling efficiency? One can make a

decision about which imaging technique to use based on these criteria if one is

aware of the limitations of each technique. Usually, implementing a combination of

tools helps overcome the limitations of a single technique.

Here, we shall give examples of how to understand the biology of the FFP

(fantastic fake proteins) family of proteins by reviewing the different techniques

that can allow us to study the protein at different spatial and temporal resolution.
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This hypothetical protein is a transmembrane receptor. FFP1 is expressed in motile

cells such as lymphocytes that migrate in response to various stimuli. FFP proteins

are found in specialized structures involved in motility such as filopodia at the leading

edge of migrating cells. FFP proteins can also form homo- and hetero-oligomeric

complexes that have been implicated in signaling through these receptors.

Downregulation of signaling is associated with endocytosis of these receptors.

Imaging of membrane proteins can be challenging. For example, using wide-

field and confocal microscopy, it can be difficult to distinguish between a surface

localization of receptors from a distribution of proteins in membrane proximal

vesicles. Membrane dynamics and cell motility can cause loss of resolution when

imaging live cells. In this chapter, we discuss a variety of techniques that allow us to

examine different phenomena at high spatial and temporal resolution.

2 Taking a Glance at FFP1 Localization by Confocal

Microscopy

2.1 Cellular Distribution of FFP1 by Laser Scanning
Confocal Microscopy

For a recently cloned family of proteins such as FFPs that is expressed in

lymphocytes as transmembrane receptors, a cellular biologist would like to know

its subcellular localization.

One of the most widely available imaging techniques is laser scanning confocal

microscopy (LSCM). Compared to epifluorescence microscopy, LSCM has better

lateral and axial resolution. This is achieved by pinholes in front of the detectors

that filter out-of-focus fluorescence. For a 100� magnification and a 1.4 numerical

aperture (NA) objective, the lateral resolution will vary between 200 and 250 nm,

and the axial resolution will be greater than 600 nm depending on the wavelength of

light [1]. LSCM is an easily accessible primary approach to study the three-

dimensional distribution of FFP1 in cells.

The limits of LSCM are longer times needed for scanning the sample leading to

excessive light exposure and possible photobleaching and photodamage. Addition-

ally, the imaging of moving cells becomes challenging due to this slow speed. We

next discuss technologies that improve the speed of confocal microscopy.

2.2 Imaging Distribution of Molecules in Motile Cells
by High-Speed Confocal Microscopy

Several approaches have been developed to improve the speed of LSCM. These

include the use of resonant scanners in LSCM and the development of the slit

confocal microscope and spinning-disk confocal microscope (SDCM).
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The speed of LSCM has been improved with the use of resonant scanners. This

scanning method uses resonant galvanometers that scan at a high speed of 8 kHz and

achieve video-rate imaging [2]. While this method achieves video-rate imaging, it is

at the cost of noisy images.

The second technology that has improved the speed of confocal imaging is the

development of the slit confocal microscope. In this system, the pinhole is replaced

by a slit, which allows acquisition of a single line at a time. The increase in acquisition

speed comes, however, at the expense of a decrease in image resolution and optical

sectioning because of more out-of-focus light coming through the slit [3, 4].

The third technology that has improved the speed of confocal microscopy is

spinning-disk confocal microscopy [4]. As opposed to LSCM where the pinhole

allows the confocal imaging of one spot of the sample at a time, in SDCM, several

confocal spots are generated through the use of an aperture disk with many pinholes

(called the Nipkow disk). Each pinhole works as both source and detector, and the

rotation of the aperture disk at high speeds allows fast confocal detection of all the

points in the object [5]. A significant improvement came about by the design of a

second disk containing micro-lenses, aligned with the pinholes on the Nipkow disk

that allow focusing of the incoming excitation light and improved illumination of the

sample [6, 7]. The fast scan of the entire field of view not only improves the frame

acquisition rate (up to 2,000 frames/s in theory) but also reduces the intensity of

excitation light since scanning is faster, decreasing photobleaching and photodamage

defects [8]. Unlike LSCM, here, the entire field of view can be recorded by a camera,

such as a charge-coupled device (CCD) camera, which has better quantum efficiency

than a PMT, thus increasing the signal-to-noise ratio of the images. A side-by-side

comparison of SDCM with LSCM has been made, and it was found that SDCM

performed better in most cases [9]. Currently, users have options for using electron

multiplication CCD (EMCCD) camera, complementary metal oxide semiconductor

(cMOS) cameras, or intensified cameras that provide the speed and sensitivity

required for SDCM.

The pinhole size in SDCM is fixed and has been optimized for use with high NA

objectives. When used with lower NA objectives for imaging larger fields of view,

there will be loss in fluorescence signal. And as with other confocal systems, SDCM

suffers from low axial resolution, which can reduce the quality of 3D image

reconstruction [10].

To analyze FFP1 localization in motile cells or motile organelles of the cell, the fast

acquisition rate of SDCM could be useful. FFP1 localization in small structures such as

filopodia can be imaged as described in another example where filopodia in interleukin-

2-inducible T cell kinase (Itk)-deficient T cells were observed by SDCM [11].

3 Analyzing FFP1 Clustering by Total Internal Reflection

Fluorescence Microscopy (TIRFM)

To dissect further the biological significance of the localization of FFP1 observed

by confocal microscopy, one needs to image the protein at higher lateral and axial

resolution.
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TIRFM, a near-field imaging technique, achieves a narrow depth of field at the

glass-water interface compared to confocal imaging (from 500–600 nm for confocal

to 100–200 nm for TIRFM). It also has an improved signal-to-noise ratio of images

due to acquisition of fluorescence emitted only by molecules localized near the

coverslip [12].

The principle of TIRFM relies on the generation of an evanescent wave at the

interface between media of different refractive indices upon total internal reflection

(Fig. 1a). When light travels from a medium of high refractive index (such as glass)

to a medium with lower refractive index (such as water or cell cytosol), it undergoes

total internal reflection at angles greater than the critical angle. Under these

conditions, an evanescent wave is generated in the medium with the lower refrac-

tive index. The intensity of this wave along the z axis, I(z), decays exponentially
according to the equation

IðzÞ ¼ I0e
� z
dp

dp ¼ l0

4p n21sin
2y� n22

� �

1
2

where dp, the penetration depth, is a function of the incident wavelength l0, the
refractive indices of the two media n1(liquid) and n2 (solid), and the angle of

incidence y [13].

There are two different ways of doing TIRFM experiments. One is through the

objective, and the other is using a prism in which the laser beam is incident at an
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Fig. 1 (a) Principle of Total Internal Reflection. When light travels between two media with

different refractive indices (n1 and n2) at a critical incident angle yc, it is refracted along the

interface. At angles greater than the critical angle the beam undergoes total internal reflection and

an evanescent wave is created in the medium with the lower refractive index. (b) HILO micros-

copy. In HILO microscopy, the laser beam is highly inclined by refraction and is grazing the

sample at very low angles
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angle outside the objective. When doing objective-based TIRFM, high NA

objectives are needed; otherwise, the critical angle is not achieved [13].

TIRFM is especially suited to image the plasma membrane and membrane

proximal vesicles with high signal-to-noise ratio, making it an ideal tool to study

endocytosis. One can study the kinetics of redistribution of FFP1 in clathrin-coated

pits by dual-color TIRFM of red fluorescent protein (RFP)-tagged FFP1 and green

fluorescent protein (GFP)-tagged clathrin. This experimental design has been used

to study endocytosis of integrins at focal adhesions in migrating cells [14] or to look

at how clathrin-coated pit dynamics are affected by the cargo [15]. One could

extend this study and image other molecules of the endocytosis machinery such as

dynamin [16] (see [17] for a review).

Imaging vesicles as they bud from the plasma membrane can be problematic as

the vesicles move away from the membrane; hence, switching between TIRFM and

epifluorescence settings can be a solution to image deeper in the sample [18]. The

drawback, however, is that the high signal-to-noise ratio achieved through TIRFM

is lost with epi-illumination. Recently, a technique based on the optics used to

achieve TIRFM has been adapted to image deeper in the sample with a better

signal-to-noise ratio than epifluorescence. In the technique known as highly

inclined and laminated optical sheets (HILO) microscopy (not to be mistaken

with HiLo which is another technique based on structured illumination), the laser

beam is highly inclined by high refraction and collimated as an optical sheet

through the sample side (Fig. 1b). This setting is similar to that observed just before

achieving TIRF illumination when the beam has not undergone total internal

reflection but is grazing the sample at very low angles. The signal-to-noise ratio

is improved by up to 3.5-fold as the out-of-focus light is lowered by reduction of the

illuminated section [19]. Switching between TIRF and HILO modes could be a

useful implementation to follow endosome trafficking after internalization to

recycling or degradation compartments.

TIRFM is also well suited to study diffusion and dynamics of proteins in the

membrane with high resolution. If FFP1 undergoes clustering upon ligand engage-

ment, it can ideally be observed by TIRFM as has been observed for T cell receptor

(TCR) microclusters and B cell receptor (BCR) microclusters [20, 21]. The high

signal-to-noise ratio achieved in TIRFM has also made it an ideal choice for single-

molecule tracking experiments. It has been used extensively to study the dynamics

of single motor proteins [22] and to measure diffusion coefficients of lipids and

proteins [23, 24] (for a complete review, see [25] and papers cited in it). TIRFM is

also a very suitable technique to study signaling in response to ligand engagement.

Ligand-engaged receptors undergo phosphorylation by membrane-associated

kinases and often recruit other cytoplasmic and/or membrane-associated signaling

adaptors or kinases. The kinetics of such signaling processes has been extensively

studied using TIRFM, as the imaging geometry is ideally suited for such

applications. Douglass and Vale studied the interaction of Lck and CD2 with

TCR microclusters using TIRFM [26]. Several groups have studied signaling in T

cells, B cells, mast cells, and other cell types (for a complete review, see [27] and

papers cited in it).
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In the above section, we discussed how TIRFM can be used to track single

particles and measure their diffusion coefficients. Another powerful technique that

can measure diffusion of molecules and interaction between different molecules is

fluorescence correlation spectroscopy (FCS) [28]. FCS measurements can be

performed in solution, in the cytoplasm, or in the membranes of living cells [29,

30]. FCS is performed by recording fluorescence from a small confocal volume at

time resolutions faster than the diffusion of molecules. The density of fluorophores

needs to be adjusted so that at any given time, only a few fluorophores are in the

confocal volume. The time series from such an observation gives rise to fluctuating

intensities as only a few molecules are diffusing in and out of the confocal volume.

These fluctuations in intensities would be statistically correlated over time scales

(t) that correspond to diffusion of the fluorophore through the confocal volume.

A statistical analysis of these fluctuations yields a correlation function as a function

oft. Fitting the correlation curve to a model of diffusion in either solution or in the

membrane yields diffusion coefficients [31]. The technique has been extended to

observing the fluctuations of two fluorophores within the same confocal volume,

known as fluorescence cross-correlation spectroscopy (FCCS) [32]. FCCS can be

used to study the interaction between two molecules. When molecules are

interacting, they will co-diffuse through the confocal volume, and the diffusion

coefficient of the interacting pair can be obtained. The cross-correlation amplitude

can yield the fraction of interacting molecules, and from the concentrations of the

individual molecules, the dissociation constant can be determined [33].

Kolin and colleagues developed another technique that falls in the category of

correlation spectroscopy called k-space image correlation spectroscopy (KICS)

[34]. The advantage of this technique over FCS is that one does not have to measure

fluctuations in fluorescence from a single spot. Instead, a time series of images are

analyzed by converting them into Fourier space (k-space). The Fourier transform of

the images contains information on spatial variation of densities of fluorophores in

the membrane. The analysis extracts number densities, diffusion coefficients, and

velocities of molecules moving in the membrane. This method is less sensitive to

the density of fluorophores in the membrane than FCS.

4 Investigating the Distribution of FFP1 in Cells Using

Superresolution Techniques

4.1 Localizing FFP1 in the Cellular Architecture by Structured
Illumination Microscopy (SIM)

Most techniques discussed so far have imaged the distribution of FFP1 at the

diffraction-limited resolution of light microscopy. The field of fluorescence micros-

copy has undergone a revolution with the development of many techniques that

circumvent the diffraction barrier, offering higher resolution. One of those
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techniques is structured illumination microscopy (SIM). SIM can improve the

resolution of light microscopy by at least a factor of 2.

The principle relies on illumination of the sample with excitation light that is

structured in space (e.g., a spatially varying sinusoidal pattern). When two such

patterns are overlaid, what one observes is an interference pattern known as “moire

fringes.” If the second pattern contains spatial frequencies (fluorophore distribu-

tion) below the resolution of light, an interference pattern is still observed. When

imaging a biological sample, the fluorophore distribution is the unknown pattern,

which is excited with a known pattern of light. In practice, a series of phase-shifted

images with the same patterned illumination is acquired and processed to extract

information that will allow reconstruction of higher resolution images [35]. Phase

shifts are implemented by rotating the patterned illumination with respect to the

sample plane.

The main advantage of SIM is that the microscope setup is simple and can be

adapted on a wide-field microscope. Since the technology does not involve a

pinhole, light detection is efficient and sensitive.

Gustafsson and colleagues have implemented a 3D version of SIM by using

three mutually coherent beams to generate the interference images. In this manner,

they could achieve resolution doubling in all three dimensions [36]. This technique

has been used to observe endosomal sorting complex required for transport

(ESCRT) protein complexes during cytokinesis [37, 38].

The limitation of SIM and its 3D version is the time needed for acquisition since

multiple frames need to be captured for each z plane. Thus, dynamic process can

suffer from reconstruction artifacts if the events recorded are moving faster than the

time needed to acquire all the phase-shifted images. Very thick and highly scatter-

ing samples will also suffer from out-of-focus fluorescence interfering with the

pattern and the reconstruction.

4.2 Distribution of FFP1 in Filopodia Investigated with
Stimulated Emission Depletion (STED) Microscopy

Based on confocal microscopy analysis that showed the localization of FFP1

toward the leading edge of migrating cells, its role in cell migration is evident.

The leading edge of the migrating cell is a complex structure consisting of the

lamellipodium but can also have filopodia emerging from it to make new adhesion

contacts or contain interleaved filopodia [39]. To gain further insight into the role of

FFP1 in cell migration, a higher resolution distribution of the protein at the leading

edge is required.

Several techniques now circumvent the diffraction-limited resolution of light

microscopy (200–300 nm) and allow resolution below 100 nm. Stimulated emission

depletion (STED) microscopy improves resolution by shaping the point-spread

function (PSF) using physical characteristics of the fluorescent probe [40].
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Fig. 2 (a) Stimulated Emission principle. Photons are mitted with random phase and direction

when a fluorescent molecule transitions from an excited state to a ground state. When a

fluorophore in its excited state is stimulated with a red-shifted laser, it can be forced to go to the

ground state and emit a photon of the same phase, wavelength, direction, and polarization as the

stimulating beam. (b) Stimulated Emission Depletion Microscopy. STED uses two laser beams to

excite the sample. The first beam excites the sample (green) with its rather widespread point-

spread function (PSF). A second doughnut-shaped red-shifted laser beam excites the sample

before fluorescence emission can occur from the first laser excitation. Fluorescence quenching

occurs at the periphery of the illumination spot, which shapes the PSF and lead to enhanced

resolution
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STED uses two laser beams to excite the sample (Fig. 2b). The first focused

beam excites the sample at the corresponding excitation wavelength. A second

doughnut-shaped red-shifted laser beam excites the sample before fluorescence

emission can occur from the first laser excitation. This “STED beam,” exploiting

the phenomenon of stimulated emission, depletes the excited state of the

fluorophores in the doughnut-shaped area. During stimulated emission, excited

molecules are forced to go back to their ground state by emitting photons of the

same wavelength, phase, polarization, and direction as the excitation laser (Fig. 2a).

Thus, only the molecules in the doughnut hole will emit fluorescence that will be

recorded [41, 42]. Fluorescence quenching occurs at the periphery of the illumina-

tion spot, which shapes the PSF and leads to enhanced resolution.

The resolution (R) in STED microscopy is defined as

RSTED ¼ l
2NA

� 1
ffiffiffiffiffiffiffiffiffiffiffi

I
Is
þ 1

q

where l is the light wavelength, NA the numerical aperture, I the STED beam

intensity, and Is the saturation intensity. Increased resolution has been achieved

using STED microscopy by increasing the intensity of the STED beam [43]. Lipid

nanodomains in a living cell membrane were observed at resolution of 30 nm [44].

STED microscopy could be useful to determine the number of FFP1 molecules in

the clusters observed at the tip of filopodia, as it has been determined for syntaxin

clusters [45]. All members of the FFP family could be resolved at the tips of filopodia

as was shown for human voltage-dependent anion channel (hVDAC) in the membrane

of mitochondria. Using two-color STED, the authors could resolve the distribution of

the three different isoforms of hVDAC in the outer membrane of mitochondria [46].

And more recently, the power of STED microscopy was demonstrated by studying the

dynamics of dendrites remodeling in live cells [47, 48] and also to image actin

dynamics inside those structures [49].

One of the main disadvantages of STED is that multi-fluorophore imaging is

difficult since, for each fluorophore, both an excitation channel and a STED channel

have to be available, and implementing such a setup is a significant challenge. The

acquisition times for STED microscopy are generally slow; however, high-speed

imaging for small fields of view has been achieved [50]. Theoretical calculations

show that the resolution in STED, microscopy depends on the fluorophore density,

fluorophore lifetime, and also the diffusion of fluorophores in the sample [51].

4.3 Dissection of Protein Complexes by Pointillism Microscopy
(STORM, PALM, iPALM)

Another class of microscopy techniques that circumvents the diffraction-limited

resolution of light microscopy is known as pointillist techniques [40] because they
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are based on accurately determining the coordinates of single fluorophores. These

pointillist superresolution techniques are photoactivated localization microscopy

(PALM) and stochastic optical reconstruction microscopy (STORM). They have

been implemented in three dimensions as well and offer superior resolution

improvement.

In contrast to STED microscopy, PALM and STORM techniques are more

flexible for multiple protein labeling and are thus more suitable for characterization

of multimolecular complexes.

PALM and STORM techniques take advantage of the fact that the center of the

PSF of a single molecule can be determined with high precision of 20 nms [52].

This methodology is already used in single-particle tracking experiments. If the

centers of all the molecules in the field of view can be determined, then the image

can be reconstructed with this information.

To allow single-molecule visualization, PALM uses photoswitchable or

photoactivable fluorescent proteins [53], and STORM exploits the photoswitching

capacities of fluorescent dyes that are enhanced in the presence of buffers

containing oxygen scavenging system and reducing agents [54, 55] to control in

both cases the density of fluorescent molecules that is recorded at a given time [56]

(for a review, see [10]).

Photoactivation switches the fluorescent protein between a dark and fluorescent

state, while photoswitching changes the spectral characteristics of the fluorescent

protein, for example, by converting it into a red fluorophore from a green one by the

process of photoconversion. Some photoactivable or photoswitchable proteins are

also reversible. Several variants of photoswitchable proteins with better quantum

efficiency have been developed [57]. These have been excellently reviewed in

Reference [58]. The challenges in developing these probes are to achieve a good

separation between the excitation and photoconverting wavelengths and also to

achieve better separation between the photoswitched wavelengths to avoid making

Forster resonance energy transfer (FRET) pairs [59].

Imaging is based on repeated cycles of photoactivation or photoswitching,

excitation, and photobleaching. In a single cycle, a small percentage of fluorophores

are either photoactivated or photoswitched, and multiple images of these activated

fluorophores are collected until all of them are photobleached. From these set of

images, sub-diffraction localization for the activated fluorophores that are separated

enough from each other for the algorithm to distinguish them is calculated [60]. As

molecules are activated randomly, unlike in scanning-based techniques, several

cycles are necessary to reconstruct the whole field of view, leading to slow

acquisition speeds; hence, most applications of PALM and STORM have been

limited to fixed samples. Future developments of algorithms that allow determina-

tion of centers of point-spread functions from fewer images would speed up the

technique permitting imaging of live samples [61].

Pointillist techniques could be really valuable to analyze the distribution of FFP1

during its intracellular trafficking. Wu and colleagues have analyzed membrane

traffic reactions on membrane sheets using STORM analysis. They could describe

the coating of tubular structures emerging from clathrin-coated buds by a Bin
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Amphiphysin Rvs (BAR)-domain-containing protein, Fes/CIP4 homology Bar

(F-BAR) 17. BAR-domain-containing proteins have the capacity to bind

phospholipids and bend membranes and thus are responsible for membrane curva-

ture [62]. In the field of TCR signaling, several studies using PALM have described

the nanoscale organization of the membrane adapter linker for activated T cells

(LAT) in the plasma membrane and in endocytic vesicles. Lillemeier and

colleagues first demonstrated that LAT and TCR were pre-clustered in the plasma

membrane and that upon signaling, these pre-clustered islands concatenate [63].

Williamson et al. used novel data analysis and proposed that signaling primarily

occurred in vesicles containing LAT whereas Sherman et al. showed that signaling

occurred in LAT-containing membrane nanoclusters [64, 65]. Multicolor STORM

provided insights on the molecular architecture of different types of synapses in the

brain [66].

Several advances have been made to improve the resolution in the axial direction

with 3D implementation of pointillist techniques. In a variation called biplane

FPALM, the light detection path was modified to allow simultaneous detection of

two axially different planes without axial scanning. A 50/50 beam splitter split the

emission such that the two images were recombined onto different regions of the

same camera. The transmitted beam had a slightly shorter path than the reflected

beam thus allowing imaging from two different axial planes. The signals recorded

from those two planes were sufficient to obtain the 3D PSF. The x, y, and z

coordinates of the molecules in the sample were then deduced from fitting, and an

xyz resolution of 30 nm � 30 nm � 75 nm was obtained [67]. In another study, the

astigmatism imaging method was adapted to STORM. A cylindrical lens was used

in the light path that caused the PSF shape to become elliptical in the x-y direction as

the z position changed. A calibration curve relating the ellipticity of the PSF to the z

position allowed determination of the precise z position for all fluorescent

molecules identified by STORM analysis. High-resolution 3D images of clathrin-

coated pit structures were acquired by this 3D-STORM implementation [68].

4.4 Protein-Protein Interactions Studied with FRET-Based
Techniques

4.4.1 Homo-FRET Measurement to Investigate FFP1 Oligomerization

Before the development of superresolution techniques, FRET-based techniques

were used to dissect molecular interactions that could not be resolved by light

microscopy due to the diffraction limit. FRET is a phenomenon in which energy is

transferred nonradiatively from an excited donor fluorophore to a nearby acceptor

fluorophore. The energy transfer is a function of the distance between the two

fluorophores, the orientation of their dipole moments, and the spectral overlap

between the donor emission and acceptor absorption spectra. As the distance

dependency is in the scale of 1 to 10 nm (100 Å), this technique has been widely
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used to examine protein-protein interactions that could not have been resolved by

the diffraction-limited resolution of light microscopy [69].

The energy transfer efficiency (E) varies inversely with the sixth power of the

distance between the donor and the acceptor according to

E ¼ 1

1þ r=R0ð Þ6

where r is the distance between the donor and the acceptor and Ro is the “Förster

radius.”

Homo-FRET refers to FRET between identical fluorophores and occurs because

there is a spectral overlap between excitation and emission spectrum of most

fluorophores. FRET also depends on the relative orientation between the two

fluorophores. This dependence causes the light emitted from the acceptor molecule

to be depolarized. As a result, homo-FRET measurements can be made by deter-

mining the loss in anisotropy of fluorescence emission after a FRET event.

Fluorophores are excited by plane-polarized light, and fluorescence emission is

recorded using polarizers in the two orthogonal directions (parallel and perpendic-

ular with respect to excitation light plane of polarization). Fluorescence emission

anisotropy (r) is calculated according to

r ¼ Ijj � I?
Ijj þ 2I?

where I|| is the fluorescence emission intensity recorded in the parallel direction and

I⊥ is the fluorescence emission intensity recorded in the perpendicular direction

[70]. Homo-FRET efficiency will be calculated as

E ¼ 1� rfret
rbasal

The anisotropy of fluorescence also depends on the rate of rotational diffusion,

which is related to the viscosity of the medium. For homo-FRET measurements, the

rate of rotational diffusion has to be slower than the lifetime of the fluorophore;

otherwise, the fluorescence emission will be depolarized. If fluorophores are highly

oriented, one may not observe depolarization by FRET; however, this is not a

concern for proteins in biological membranes that do undergo rotational diffusion.

Time-resolved anisotropy measurements are particularly powerful as they provide

information about both rotational diffusion and homo-FRET as the two phenomena

occur at different time scales [71].

One can use homo-FRETmeasurements to determine the oligomeric state of FFP1

as was described for glycosylphosphatidylinositol (GPI)-anchored proteins [72].
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One of the features of anisotropy measurements is that high NA objectives

caused depolarization of fluorescence and prevented users from obtaining high-

resolution anisotropy images. Vogel and colleagues elegantly demonstrated that the

depolarization by high NA objectives was such that relative changes between

samples were still maintained [71]. Anisotropy imaging using TIRF illumination,

two photon excitation, and high-resolution PALM imaging (see later) is also

possible allowing versatile applications [70].

4.4.2 FLIM to Investigate Protein-Protein Interactions Among FFPs

FRET measurements between different fluorophores are useful approach to study

protein-protein interactions, and fluorescence lifetime imaging microscopy (FLIM)

is a powerful technique to measure hetero-FRET.

The lifetime of a fluorophore is the amount of time the fluorophore spends in the

excited state. When an ensemble of fluorophores is excited by a pulse of light, the

decay from this excited state to the ground state is exponential and defined by

the equation

IðtÞ ¼ I0e
�tt

where t is the fluorescence lifetime defined by

t ¼ 1

kr þ knrð Þ

where kr is the radiative rate constant and knr is the nonradiative rate constant.
The intrinsic lifetime of a fluorophore is influenced by many factors in its

environment such as pH, temperature, oxygenation, and FRET. When a donor

fluorophore transfers its energy to an acceptor fluorophore, its fluorescence is

quenched leading to a reduction in its lifetime.

There are in general two methods used to measure fluorophore lifetimes. One is

in the frequency domain, and the other is in time domain. In the frequency domain,

the excitation source is modulated to have a sinusoidal temporally varying inten-

sity. This results in a phase-shifted sinusoidal fluorescence emission. The phase

shift is related to the lifetime of the fluorophore [73]. Frequency domain methods

may have some limitations, and a comparison between time domain and frequency

domain methods is discussed in [74].

Perhaps the most popular time-domain method to measure fluorescence lifetime

is time-correlated single photon counting (TCSPC). In this technique, the sample is

excited using a pulsed laser, and the fluorescence emission is measured using a

detector capable of detecting single photons. The arrival time of each detected

photon relative to the excitation pulse is recorded. A histogram plot of these arrival

times gives the fluorescence delay [75].
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These days, FLIM is typically implemented on 2-photon microscopes

allowing lifetime measurements on a pixel by pixel basis as described [76]. One

of the drawbacks of lifetime measurements is that acquisition times can be

slow. When using donor lifetime measurements to quantify FRET, the major

problem of bleed-through of donor emission into the acceptor “FRET detection”

channel is circumvented. In some cases, fluorescence lifetime is independent of

probe concentration and excitation intensity, which makes it more reliable to compare

measurements [77]. Increasingfluorophore density leads to a concentration-dependent

homo-FRET. This can have an impact on fluorophore lifetime. As discussed above,

FRET leads to a decrease in donor lifetime, but consequently, it also leads to an

increase in acceptor lifetime. For some fluorophores, these changes cancel each

other out, and one does not observe a net change in fluorophore lifetime with

increasing concentration (measured for the fluorescent protein Venus, personal

communication Steven Vogel (2012) and [78]), even though homo-FRET occurs.

But for many fluorophores, this may not be the case. A shortening of fluorophore

lifetime has been observed as a function of concentration due to homo-FRET

[79, 80].

FRET-FLIM can be used to investigate the interaction between FFP1 and

another FFP family member. Oligomerization of proteins has been assessed by

FLIM. Storez et al. demonstrated the homo-oligomerization of beta-arrestins [81].

The interaction of the different Rat sarcoma (Ras) protein isoforms (H-Ras, N-Ras,

and K-Ras) with c-Raf has been studied by FLIM. The authors were able to show

that the domain in Ras recognizing c-Raf had different orientations between the

different isoforms of Ras [82]. FLIM was also used to study signaling in NK cells

by looking at FRET between a GFP-tagged NK inhibitory receptor (KIR2DL1) and

a Cy3-labeled anti-phosphotyrosine antibody at the contact zone between an NK

and a target cell [83].

5 Superresolution Microscopy in Three Dimensions

5.1 Observation of Filopodial Dynamics Using Light-Sheet
Fluorescence Microscopy and Bessel Beam Illumination

As previously mentioned, superresolution techniques come at the cost of speed of

acquisition with the exception of STED imaging that can be fast but only for a small

field of view.

A recent development in the field of light microscopy is light-sheet fluorescence

microscopy (LSFM). This technique has offered significant advances in speed for

imaging in three dimensions, thus making observation of highly dynamic processes

feasible. This technique is based on illuminating an entire plane of a sample using a

sheet of light generated using optics positioned perpendicular to the objective.

Detection of fluorescence occurs in a wide-field configuration [84] (Fig. 3a).
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This technique has proven to be really useful for in vivo imaging, particularly

to look at thick samples or imaging the development of whole embryos such as

C. elegans [85].
The main problem of LSFM is that the axial resolution is even lower than in

confocal microscopy and lateral resolution is the same. A recent implementation

has allowed the achievement of better z resolution by creating the light sheet with a

Bessel beam (Fig. 3b) [86]. In a study comparing light-sheet microscopy with

Gaussian and Bessel beams, the authors show improvements in penetration, direc-

tional propagation stability, and depth of field. These physical characteristics of

Bessel beams improved the signal-to-noise ratio and resolution of images [87].

Bessel beam illumination was combined with structured illumination or 2-photon

excitation to achieve axial resolution of .27 and .5 um, respectively. This is a

cutting-edge and rapidly evolving area of fluorescence microscopy and in coming

years will revolutionize how three-dimensional imaging is done.

One can take advantage of the high-speed image acquisition of light-sheet

microscopy and its Bessel beam implementation to observe the highly dynamic

remodeling of filopodia as observed on the surface of Hela cells [86]. LSFM has

proven to be suitable also to study larger scale cellular structures such as neuronal

networks in the mouse olfactory system [88]. Thus, the lower scattering effect of

Excitation through 
objective or lens

detection 
objective

sample

Bessel beamGaussian beam
a b

distance distance

in
te

ns
ity
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te
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Fig. 3 (a) Light-Sheet Microscopy. Excitation is provided by an objective with low numerical

aperture (NA) or a lens to create a sheet of light illuminating one focal plane of the sample.

Emitted light is collected by a second objective with high NA positioned perpendicular to the

excitation one. (b) Difference between Gaussian and Bessel beams. Gaussian beams are inherently

diffractive and in LSFM settings they will exhibit the characteristic widening on the edges. The

beam waist will determine the depth of field. Bessel beams on the contrary, are nondiffractive and

hence the thickness of the central beam does not change as it is focused through the objective to

make a light sheet. A pure Bessel beam does not exist but some techniques allow to create

approximations of Bessel beams whose diffraction is limited enough to create large depth of

field for the objective creating the light sheet and small depth of field for the objective imaging the

sample
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Bessel beams could also be used to image lymphocyte migration inside the lymph

nodes upon FFP1 stimulation using an FFP-GFP transgenic mouse.

5.2 Imaging of Three-Dimensional Molecular Organization
In Situ Using Interferometric PALM

The highest three-dimensional resolution achieved so far used interferometric

PALM (iPALM). In this technique, the lateral resolution is similar to 2D PALM,

but the axial resolution is improved by using a dual objective setup as in the 4Pi

microscope configuration. Two objectives are positioned on opposite sides of the

sample, and photons emitted by the sample are propagated through the top and

bottom objectives simultaneously and recombined by a beam splitter. The principle

of iPALM is that the path length of the photon collected by the top objective will be

different from the path length of the photon collected by the bottom objective for a

molecule located at a specific z location (unless it is absolutely in the center of the

two objectives). The light-path differences for each photon emitted and their phase

changes are recorded by CCD cameras and analyzed to calculate the z position of

the molecule. The authors could resolve axial coordinates at 10-nm resolution [89].

Molecular organization of focal adhesion complexes was imaged using this tech-

nique and resolved at 10-nm resolution [90]. The instrumentation required for

PALM- and STORM-based techniques is of high complexity, and some commer-

cial solutions are available; nevertheless, these techniques are the future of micro-

scopy as they provide significantly higher resolution.

6 Conclusion

We have made an attempt to take the reader on a journey of exploration of different

optical techniques that are available for researchers to study the cell biological

properties of membrane receptors. Earlier, all techniques operated within the

boundaries of the diffraction-limited resolution of light microscopy. Molecular

interactions had to be studied using spectroscopic techniques such as FRET and

FCS. With the advent of superresolution microscopy, researchers now have more

options. Biological systems are incredibly complex, and so a single technique will

always be insufficient to address all questions related to the system or a molecule in

particular. The choice of microscopy technique to image a biological system at a

desired spatial and temporal resolution is dictated by fluorophore density and

photon flux. Here, we propose that using a combination of different techniques

always gives more insight.
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New Fluorescent Strategies Shine Light on the

Evolving Concept of GPCR Oligomerization

Martin Cottet, Orestis Faklaris, Eric Trinquet, Jean-Philippe Pin,

and Thierry Durroux

Abstract GPCR oligomerization has been a matter of intense research these last

years. FRET and BRET methods have paved the way to a generalized concept of

potential GPCR oligomerization in artificial systems (transfected cell lines). More

recently, the use of fluorescent ligands compatible with time-resolved FRET studies

has opened the possibility of GPCR oligomerization study in their native context

and brought evidence of their existence. Furthermore, recent applications of

original fluorescence techniques are unveiling new information on the dynamics

that govern these complexes and are changing the way we see GPCR oligomeric

structures.

Keywords BRET • FCS • Fluorescent ligand • Fluorescent protein • FRET •

G-protein-coupled receptors • Lanthanide cryptate • Oligomerization • Single-

particle tracking • Time-resolved FRET
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1 Introduction to GPCR Oligomerization

Many cell membrane proteins have been known to interact with each other and

to form oligomers [1]. Protein oligomerization has been shown to be fundamental

for their proper function, as in the case of multimeric ion channels [2]. It can also
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be involved in ligand binding and transmembrane signaling as for receptor

tyrosine kinases (RTKs) [3]. The concept of G-protein-coupled receptor (GPCR)

oligomerization arose, explaining various anomalies observed in pharmacological

studies [4–10]. However, strong biochemical evidence of receptor dimerization

could only be found for a few GPCRs. Such is the case of metabotropic glutamate

receptors (mGluRs) as a covalent disulfide bridge connects the extracellular

domains of two receptors [11]. For other GPCRs, the characterization of oligomers

remains much more elusive and subject to controversy [12], and numerous results

have been compiled in a dedicated database ([13, 14]). This emphasizes the

necessity of new techniques to definitely characterize these complexes.

This controversy also stems from a fundamental aspect regarding GPCR oligo-

merization that remains unanswered. It concerns the possible physiological role of

these complexes. Some hypotheses have considered that the various subunits within

an oligomer could play different roles. This has been well illustrated by the

GABAB obligatory heterodimer model. The GABAB1 subunit is responsible for

binding g-aminobutyric acid (GABA) whereas the GABAB2 subunit is able to

activate the G protein [15–17]. Whether such a cross talk can be generalized to

other heteromer models (oligomers of different kinds of receptors) remains to be

established. In the case of homomers (oligomers of identical receptors), their role is

not as clear. A few hypothesis and models have shown the possibilities offered by

such structures [18–20]. However, their relevance in vivo still remains to be

established as homomer formation could impair GPCR function [21–23], although

the opposite has also been established [24]. Identifying oligomeric structures and

understanding how oligomerization can modify receptor signaling are crucial steps

in pharmacology and drug discovery as they can provide unique targets and new

ways to specifically address pathologies [25].

Therefore, we aim at reviewing different fluorescence techniques that have been

used to study GPCR oligomerization and how these various techniques have

gradually brought answers to some of the most burning questions:

• Are GPCRs in direct interaction? Various data provided by binding and bio-

chemical experiments have suggested that GPCRs can constitute complexes by

interacting with each other. However, GPCR oligomerization involves direct

contact between receptors. Sufficient resolution is required to distinguish direct

contact from integration in larger protein complexes or accumulation in cellular

or membrane subcompartments.

• Is this interaction observed for physiological expression levels? It must be

verified that this direct interaction is not merely an artifact of receptor

overexpression in artificial models (i.e., transfected cell lines). This implies the

development of models mimicking as closely as possible physiological

conditions as well as increased sensitivity for oligomer detection.

• What is the size of these oligomers? Detection of direct interaction does not

allow the distinction between dimers, tetramers, and higher-order oligomers.

Defining the size of the oligomers can be an important step to understanding

their signaling mechanisms, for example. Additionally, the existence of multiple
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orthosteric binding sites in an oligomer can be at the origin of ligand positive or

negative cooperativity.

• Do GPCRs form stable oligomers, or is there a dynamic equilibrium between
monomers and oligomers? First considered as monomers and then as oligomers,

both structures could coexist at the cell surface. Whether an equilibrium exists

between these multiple forms remains to be firmly established. This also raises

the question of which parameters, such as ligand binding, receptor signaling, and

receptor localization, could influence this equilibrium.

• Which role and localization for oligomers? According to their localization, the

role of oligomers can be different: indeed, they can play key roles in receptor

trafficking (targeting to the cell surface or internalization) or receptor signaling

(ligand binding or receptor activation). Therefore, defining their potential role

requires the distinction of oligomers present at the cell surface and thus able to

interact with extracellular stimuli from those trapped inside the cell.

• Physiological relevance of in vitro results? Design and validation of experi-

mental models are systematically carried out on heterologous systems. Results

have consequently accumulated concerning GPCR oligomerization in vitro.

However, the possibilities to reproduce these experiments on physiologically

relevant systems such as native tissues are much more limited. Nonetheless, this

remains one of the most fundamental questions: do GPCR oligomers exist in

their native context?

These are examples of issues that have been raised over these last two decades as

light has been shown on the existence and the nature of GPCR oligomers. In an

effort to summarize the contribution of the various techniques to this topic, a table

has been provided in this chapter (see Table 1), proposing an overview on the

evolution of GPCR oligomerization concepts.

2 GPCRs Oligomerization Revealed by FRET

Quite rapidly, it has been accepted that fluorescence techniques such as traditional

fluorescence microscopy are not powerful enough to characterize the close interac-

tion that occurs between receptors composing an oligomer. Indeed, colocalization

with a typical resolution of approximately 250 nm is not conclusive: two contiguous

GPCRs need to be resolved with a precision of at least 10 nm to characterize a

dimeric structure. On the other hand, this nanometric scale is particularly well

adapted to resonance energy transfer (RET) techniques. Indeed, energy transfer

occurs between fluorescent probes when they are in close proximity.
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2.1 Transfer of Energy: Spectral Compatibility, Orientation,
and Distance

Resonance energy transfer (RET) was studied by Theodor Förster in the middle of

the twentieth century [26] and has proven an invaluable tool for biologists studying

protein-protein interactions. This nonradiative dipole-dipole energy transfer is

based on three conditions [27, 28] (Fig. 1a):

• Spectral compatibility. The two species involved in the energy transfer, called

the donor and the acceptor, must present spectral compatibilities, that is, the

time
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Fig. 1 Overview of FRET, TR-FRET, and BRET principles. (a) Resonance energy transfer (RET)
depends (1) on the overlap (shaded area) of the donor emission spectrum (full line) and the

acceptor absorption spectrum (dotted line). It also depends (2) on the relative orientation and (3) on
the distance of the fluorophore dipoles. (b) Use of rare-earth cryptates as donor, such as Lumi4-Tb,

produces atypical donor emission spectra with multiple emission wavelengths, allowing the use of

various acceptors (here with fluorescein-like (green acc.) or cy5-like (red acc.) fluorophores as

acceptors). The long fluorescence lifetimes of cryptates also offer temporal selectivity. After a

pulsed excitation, short-lived autofluorescence emission is not recorded (green dotted line), an
electronic delay of several microseconds on the detector allowing a better measure of specific

donor (blue line) or FRET (red dotted line) longer-lasting fluorescence emission. (c) For BRET,

the donor fluorophore is replaced with a bioluminescent protein, (here Renilla luciferase, Rluc). In
the presence of oxygen, Rluc can metabolize coelenterazine to emit blue light centered around

475 nm
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emission spectrum of the donor must overlap with the excitation spectrum of the

acceptor.

• Transition dipoles’ relative orientation. The efficacy of the energy transfer

depends on the relative orientation of the transition dipole of the molecules. It

is null if the dipoles are perpendicular and maximal if they are parallel.

• Distance. The efficacy of energy transfer is inversely proportional to the sixth

power of the distance between the donor and the acceptor:

E ¼ R0
6

R0
6 þ r6

where R0 is the distance corresponding to 50 % energy transfer efficiency. This

distance depends on the spectral compatibility of the two species as well as their

orientation and is therefore specific to every donor-acceptor pair. A typical R0 of

5 nm therefore results in FRET efficiency below 1 % for distances over 10 nm.

RET is compatible with various labels: fluorescent or bioluminescent proteins as

well as synthetic dyes such as organic fluorophores, quantum dots, or rare-earth

cryptates, as will be presented further on. The principles of RET and its resulting

spatial resolution make this technique particularly well suited to study close

interactions.

2.2 Direct GPCR Labeling with Fluorescent Proteins and FRET
Between Receptors

Over the last 20 years, numerous fluorescent proteins (FPs) have been derived

from the original green fluorescent protein found in the jellyfish Aequorea victoria
[29, 30], found in other species [31], and extensively used to label protein of interest

in live cells. Indeed, the FP is genetically fused to the protein of interest that will be

labeled as it is synthesized in the endoplasmic reticulum. Thus, no complementary

labeling steps are needed, and the activity of the protein of interest can be directly

monitored. Further development has generated new and improved fluorescent

proteins with improved photostability, brighter, and more varied fluorescence

emission spectra. This method is therefore widely used for labeling receptors and

has proven its usefulness in numerous fluorescence techniques [7, 32]. Recently,

super-resolution imaging has also gained from these improvements with

photoactivatable [33], photoswitchable [34], and photoconvertible probes [35, 36]

allowing single-molecule imaging [37].

When used with GPCRs, the 30-kDa size of the fluorescent protein must

however be taken into account, and the fusion of this protein at the intracellular

C-terminus of receptors (Fig. 2b) can possibly interfere with its coupling to

G proteins [38]. Second, the stability of fluorescent proteins can be sometimes

questionable. For example, photoconversion of YFP into CFP-like species during

photobleaching protocols has been reported [39], and pH sensitivity of CFP and
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YFP has also been described [40]. Finally, the tendency of certain earlier FPs to

constitutively for dimers can be a drawback when studying GPCR dimers [41].

This simple and complete labeling of receptors is however adapted for FRET

experiments. Indeed, various pairs of fluorescent proteins are compatible to perform

FRET. For example, BFP/GFP [42] or CFP/Venus [43] have been used to study

molecular interaction but, to our knowledge, have not been adapted to the detection

of GPCR oligomerization. By contrast, CFP/YFP pairs have been frequently used

although they present some disadvantages due to their broad fluorescence spectra.

Indeed, CFP and YFP exhibit overlapping excitation spectra and emission spectra

(Fig 1a). This complicates the specific excitation of only one fluorophore and the

separate detection of fluorescence emitted by the donor and by the acceptor [44, 45].

Multiple strategies have therefore been developed to estimate the FRET signal.

A first method consists in measuring the fluorescence intensity at the acceptor

emission wavelength. Subsequently, a ratiometric analysis is performed in order to

subtract fluorescence intensities due to the emission of the donor or to the direct

excitation of the acceptor [46]. Others strategies based on photobleaching FRET

(pbFRET) have also been used. They consist in selectively photobleaching the donor

or the acceptor and in measuring, respectively, the decrease of the acceptor fluores-

cence emission or the increase of the donor emission [47, 48]. These techniques

however significantly reduce the sensitivity of the method. Indeed, most of the

fluorescence detected must be either subtracted or bleached to ascertain the propor-

tion corresponding to FRET and therefore resulting from direct interaction between

receptors.

a. Fluorescein-labeled
antibody labeling of

epitope-fused receptor     

b. Fused
GFP labeling
of receptor   

c. Fluorescein labeling of
SNAP-tagged receptor  

G
FP

d. Fluorescent 
ligand labeling

of receptor  

Fig. 2 Comparing sizes of various tools to fluorescently label GPCRs. (a) 150-kDa fluorescently
labeled antibody directed against fused extracellular epitopes (cMyc, Flag, etc.). (b) Direct

labeling with 30-kDa fluorescent (CFP, GFP, YFP, etc.) or luminescent proteins (Rluc). (c)

Extracellular labeling with fusion proteins, here the 20-kDa SNAP-tag. (d) Use of fluorescently

labeled ligands, ranging from 0.5 kDa for small molecules to 3 kDa for larger peptidic ligands
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2.2.1 Dimerization Characterized by BRET

Bioluminescence resonance energy transfer (BRET) assays have been implemented

in order to improve sensitivity [49, 50]. BRET similarly to FRET relies on a transfer

of energy, the donor probe being replaced by a complex formed by a biolumines-

cent enzyme, usually Renilla luciferase (Rluc), and its substrate coelenterazine

(clz). Donor excitation is achieved with a chemical substrate instead of light

excitation, therefore preventing any undue excitation of the acceptor. BRET was

initially used with the complex Rluc/clz as donor (emission peak at 480 nm) and

YFP as acceptor (emission peak at 525 nm) [51]. Because of the significant overlap

of Rluc and YFP emission spectra, BRET intensity is determined by calculating the

BRET ratio, a mathematical calculation allowing the subtraction of donor emission

at the acceptor wavelength (see [52] for further details). Optimization of the

enzyme/substrate complexes and use of new acceptors to reduce emission spectra

overlap have been carried out, and variants of BRET have been implemented

[53–56]: BRET1 (Rluc or Rluc8/clz/YFP), BRET2 (Rluc or Rluc8/clz400/GFP2),

and BRET3 (Rluc8/clz/mOrange) are the most frequently used variants.

This has allowed the development of suitable assays to detect GPCR oligomeri-

zation [57, 58]. Furthermore, due to the bioluminescent nature of this method, any

autofluorescence that could interfere with classic fluorescence measurements is

avoided, an issue particularly important in FRET studies when fluorescence signals

can be weak. Once again, these assays have allowed biologists to confirm the

possible oligomerization of GPCRs [59]. However, the physiological relevance of

these results is still a matter of controversy as it has been shown that BRET assays

must be performed under close monitoring of labeled receptor expression levels

[60, 61]. Furthermore, typical energy transfer assays allow us to conclude on the

interactions between at least two partners, but they do not provide any direct

information concerning the implication of more than two partners. Alternative

techniques have therefore been developed to investigate the possible distinction

between strict dimers and higher-order oligomers.

2.2.2 Oligomerization Characterized by BiFC

Bimolecular fluorescence complementation (BiFC) is based on the principle that

complementary fragments of fluorescent or luminescent proteins have the ability to

reform a fluorescent (or luminescent) unit when they are brought in close proximity

[62–67]. This technique has been adapted to the study of GPCR interactions and,

coupled with RET, has provided evidence for the possible assembly of receptors in

higher-order oligomers [68, 69]. Urizar and colleagues have also successfully used

this technique to show heteromer-specific interactions between GPCR oligomers

and G proteins [70]. The coupling of BiFC and RET techniques provides means to

study the assembly of multiple partners [71] and can therefore bring valuable
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insight into the possible structure of GPCR oligomers and allow a better under-

standing of their coupling to different partners.

Taken together, methods using fluorescent or bioluminescent proteins described

above have brought useful information about the existence of potential direct

interactions between multiple GPCRs. However, the signal measured corresponds

to an average signal of receptors targeted to the cell surface as well as receptors

internalized or immature receptors trapped in subcellular compartments. Indeed,

GPCR oligomers may assemble early during receptor synthesis in the endoplasmic

reticulum, as shown by BRET experiments on vasopressin and oxytocin recep-

tors [58]. Cell surface oligomer identification would therefore require more com-

plex microscopy approaches [72, 73]. A BRET microscopy technique has been

recently implemented [74, 75] but offers limited resolution and sensitivity.

2.3 Indirect GPCR Labeling via External Tags

A simple way to selectively monitor interactions occurring at the cell surface is to

specifically label membrane receptors with nonpermeable probes. Indirect labeling

presents significant advantages as it offers the possibility to label the same receptor

with a vast range of synthetic fluorophores. Synthetic dyes can themselves be fine-

tuned to present specificity adapted to different assays [76–79] and, for example, be

engineered to emit more stable and brighter fluorescence and be better adapted for

FRET studies. An example is the recently developed time-resolved FRET tech-

nique (TR-FRET) [80–82].

This technique is based on the use of lanthanides complexed either by chelates or

cryptates. The role of the cage is crucial since chelates or cryptates allow

lanthanides to be linked to the protein of interest. They also prevent quenching of

lanthanides, by water, for example, and finally, they impact their fluorescent

properties by modifying absorbance and emission fluorescent spectra and by

increasing lanthanide brightness. The most commonly used lanthanide cryptate,

Lumi4-Tb, displays an absorbance peak around 340 nm and four emission peaks

around 490, 550, 585, and 620 nm. Therefore, Lumi4-Tb is capable of transferring

its energy onto fluorescein-like “green” acceptor fluorophores (absorbance and

emission peak around 490 and 530 nm, respectively) or cy5-like “red” acceptor

fluorophores (absorbance and emission peak around 645 and 670 nm, respectively)

[83] (Fig. 1b). UV excitation of Lumi4-Tb (under 350 nm) leads to a negligible

direct excitation of the acceptor. Moreover, emission of the donor is reduced at the

emission wavelength of the acceptor. Both factors contribute to an optimal spectral

selectivity.

Lanthanide cryptates also present longer fluorescence lifetimes that span over

several hundred microseconds, compared to the nanosecond fluorescence lifetime

of classic fluorophores. This allows a simple temporal selection of the fluorescence

of interest, achieved by applying a time delay (typically 50 ms) between the

excitation of the sample and the measurement of the resulting longer-lasting
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fluorescence (donor fluorescence or FRET) (Fig. 1b). This characteristic results in

an additional temporal selectivity that further improves the signal-to-noise ratio.

Consequently, these new fluorescent donor species available for labeling extracel-

lular proteins offer a promise for assays with improved sensitivity provided by

optimal spectral and temporal selectivity.

2.3.1 Antibody Labeling

Following the tradition of immunohistology labeling, first approaches to monitor

GPCRs expressed at the cell membrane were based on the use of fluorescently

labeled antibodies. Due to the noncovalent labeling of receptors, these methods rely

on the availability of high-affinity antibodies in order to achieve a specific and

complete labeling. The difficulty to obtain such antibodies [84–89] led to the use of

standard chimeric epitopes fused to receptors (e.g., cMyc, Flag, 6-His). Using

antibodies directed against these epitopes, fluorescently labeled GPCRs present at

the cell surface can be monitored [90–93]. However, considering the short distances

involved in oligomerization, the considerable size of antibodies (150 kDa), and

their bivalent nature that could potentially drive protein association, they are not

ideally suited for oligomerization studies (Fig. 2a).

2.3.2 Chemical Labeling with Smaller Tags

Alternative solutions have been developed and are particularly effective for the

labeling of GPCRs. Short peptides or proteins are fused to the receptor of interest.

These proteins will afterward be recognized as the specific site for receptor

labeling. As reviewed by O’Hare et al. [94], some of these solutions rely on self-

labeling tags (i.e., SNAP-tag [95]), on enzyme-catalyzed fluorescent labeling (i.e.,

ACP tag [96]), or on simple chelation of fluorescent substrates (i.e., FlAsH

labeling [97]).

Self-labeling tags, for example, derived from the human O6-alkylguanine-DNA

alkyltransferase (hAGT, 21 kDa), have extensively been used these last years to

label GPCRs (Fig. 2c). As different techniques (SNAP-tag, CLIP-tag, HaloTag)

have emerged with the engineering of new proteins, they enable stable, covalent,

and specific labeling of membrane receptors [94, 95, 98, 99]. The possibility to add

various fluorophores to their specific substrates opens a wide range of possible

labeling. Indeed, combined with the use of lanthanide cryptates, these labeling

techniques allowed the stable and efficient detection of cell surface GPCR

oligomers, such as mGluR strict dimers and GABAB tetramers [100, 101], and

the screening of heteromer populations [102].

Necessitating enzyme-catalyzed fluorescent labeling, smaller tags such as the

acyl carrier protein (ACP, 9 kDa) are also available [96]. ACP tags were used to

study GPCR oligomerization [103], providing a less cumbersome labeling. Indeed,

fusing tags to the N-terminus of GPCRs can possibly alter pharmacological
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properties of the receptor or hinder the access to the binding site but can also

generate additional interaction interfaces between receptors. Smaller tags that

maintain a high labeling specificity while reducing their steric hindrance can

therefore allow many novel studies regarding GPCR mechanisms. Ultimate reduc-

tion of tags can be achieved with tetracysteine-based approaches. In this case, the

simple fusion of a six-amino acid motif, CCPGCC, allows the covalent chelation of

fluorescent substrates [97, 104]. However, this approach only permits the use of a

limited number of fluorescent substrates (green FlAsH or red ReAsH), reducing the

possibilities to study GPCR oligomerization.

Indirect labeling approaches have gradually started to confirm oligomerization

observations obtained with direct labeling using genetically encoded probes. How-

ever, the continued use of artificial systems raises the issue of verifying these results

in a native context [105]. The use of chimeric receptors as presented above is not

adapted to perform FRET between receptors in native tissue without resorting to

genetically modified animals expressing two tagged GPCRs. To our knowledge,

such animals have not yet been developed even though knockin mice expressing

GFP-tagged GPCRs [106] can constitute a first step toward the development of such

a technique.

3 Oligomerization in Native Tissues Studied with TR-FRET

Very little is known regarding oligomerization in native tissues. As mentioned

before, resolutions displayed by conventional microscopy or co-IP techniques are

not high enough to conclude to direct interactions between proteins colocalized or

belonging to the same complex. Tools have therefore been developed to adapt

FRET strategies and more specifically a TR-FRET approach to study native tissues.

3.1 Fluorescent Ligand-Based Labeling

The use of fluorescent ligands seems particularly well suited for these types of

studies. Fluorescent ligands have been developed as tools to replace their radioac-

tive counterparts in the case of binding assays [107, 108]. As has been reviewed by

Cottet et al. [109], the use of fluorescence-based techniques presents numerous

advantages, reducing the cost of these assays and the logistical complexities

inherent to the use of radioactivity. In the case of FRET-based studies, the interest

lies in the compatibility of some of these ligands with time-resolved FRET

techniques. For binding studies, this has been assessed with donor-labeled receptors

transferring their fluorescence to the acceptor-labeled ligand and providing a tool to

discriminate effectively between free ligands and the bound fraction, engaged in

FRET with the receptor [107].
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Another aspect of ligand-based methods derives from the nature of the ligands,

which are naturally designed to discriminate between receptor subtypes to bind

specifically to a receptor. Because GPCRs present high variations in their ligand-

binding sites [110], these tools are therefore particularly powerful to achieve

receptor-specific labeling.

An obstacle for the use of fluorescent ligands is the difficulty to fluorescently

label them without altering their pharmacological properties of binding and func-

tion. This issue becomes even more critical when considering smaller molecules

such as nonpeptidic ligands (Fig. 2d). If labeling a 150-kDa antibody with multiple

fluorophores can have limited impact on its binding properties, labeled ligands have

to be systematically verified, as fluorophores may significantly modify their binding

affinity or binding mechanism. Therefore, the design of a fluorescent ligand must

systematically be supplemented with robust verifications to verify the affinity and

the receptor selectivity of the generated probe [111, 112]. However, this strategy is

not limited by the size of the ligand, whether it is a peptide or a small organic

molecule, and numerous functional fluorescent ligands displaying high affinities are

now available [107, 108, 113–115].

3.2 Evidence for GPCR Oligomerization in Native Tissues

The foremost advantage of fluorescent ligand-based methods is that they are

automatically applicable to receptors, requiring no genetic modification. This

makes them particularly well suited for labeling endogenous receptors and their

study in a native context. Two aspects are frequently overlooked in GPCR oligo-

merization studies. The first is the control of the expression level. Secondly, if the

overall expression level in a population of transfected cells can be adjusted to

mimic that of a global tissue, it becomes more difficult to address concerns

regarding localized expression patterns between cells or between membrane

microdomains, or cell-type-dependent expression specificities. To address these

issues, conclusive data can only be obtained directly in native tissues. Using time-

resolved FRET technology combined with fluorescent ligands, Albizu et al. were
able to bring evidence of GPCR oligomerization in a native context and more

precisely of the oxytocin receptor in the mammary gland of the lactating rat [116].

This strategy, based on the use of fluorescent ligands, presents both advantages

and drawbacks. It depends directly on the availability of high-affinity fluorescent

ligands as it relies on pharmacological equilibrium for the ligands to bind to both

receptors and therefore induces an uncertainty in the stoichiometry of receptor

labeling (Fig. 3a). Adding an excess of unlabeled ligand reproduces the conditions

of a competition experiment and offers the opportunity to verify the specificity of

the labeling.

This method can also reveal additional oligomer properties. Indeed, ligand

binding and therefore receptor labeling can profoundly be modified by

cooperativity phenomena observed for GPCRs. According to mathematical models
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developed by several groups [18, 20, 117], GPCR oligomers can present a wide

variety of pharmacological profiles resulting from cooperativity between

orthosteric binding sites [6, 8]. In fact, different cooperativity phenomena have

been observed in the mammary gland, when using antagonists or agonists. This

result has been related to the difference in FRET signals observed when labeling the

mammary gland with fluorescent antagonists or agonists [116]. Furthermore, it was

shown that ligand binding had no impact on the oligomeric state of oxytocin

receptors. Cooperativity therefore appears to result exclusively from the conforma-

tional change induced by the first ligand binding, promoting or preventing the

binding of a second ligand (Fig. 3a). Finally, although other hypotheses have

been proposed to explain cooperativity, such as receptor/G-protein ratio [12],

oligomerization explains both negative and positive cooperativity phenomena [18].

More recently, evidence has also been brought concerning the existence of

heteromers in the rat hypothalamus. In their study, Kern and colleagues use a

very similar TR-FRET approach with a fluorescent red ghrelin ligand in association
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with a Lumi4-Tb-conjugated secondary antibody labeling the dopamine D2 recep-

tor [118]. Membrane preparations of wild-type rat hypothalamus show FRET,

indicating the presence of ghrelin-dopamine heteromers, whereas striatum and

membrane preparations from ghrelin knockout animals show no FRET. Taken

together, both studies show that oligomerization can be characterized for receptors

in their native environment and that TR-FRET and fluorescent ligands are an

effective combination for these studies.

3.3 Perspectives for Imaging Endogenous GPCR
Oligomers with TR-FRET

These preliminary results on the de facto existence of oligomeric GPCRs in their

native context may however benefit from further development to bring additional

data regarding the localization and functioning of these structures. Recently,

Rajapakse et al. [119, 120] presented the premises of a TR-FRET microscopy

technique compatible with the use of lanthanide cryptates. This could bring impor-

tant improvements in both the signal-to-noise ratio and a better discrimination

between fluorescence emissions by the different fluorophores. These two aspects

are fundamental in order to detect oligomers in a context of low physiological

expression levels and high background fluorescence originating from the biological

environment.

Although this strategy provides a simpler way to image FRET, it also needs

further development. This is especially true for the detection of fluorescence in a

time-resolved manner. The use of intensified CCDs, as is the case in this study,

provides a better sensitivity but poorer spatial resolution. Spatial resolution is

essential when studying membrane proteins. It allows the verification that the

labeled population of receptor is indeed addressed to the cell surface. It also offers

the possibility to monitor receptors as they engage in different aspects of their

signaling pattern. In their review, Grecco and Vereer aim at replacing FRET

microscopy among other super-resolution microscopy techniques [121], concluding

on “the unique capability of FRET to detect interactions at the nanometer scale.”

Indeed, if recent advances in fluorescence microscopy techniques have permitted to

cross the diffraction barrier [122], they still lack the resolution to resolve possible

GPCR oligomers. However, if time-resolved FRET microscopy can undeniably

provide invaluable information regarding close-distance interactions, it must none-

theless take advantage of these novel microscopy technique developments to

monitor as precisely as possible the activity of GPCRs.

Furthermore, fluorescent ligands show the promise of being adapted for direct,

whole animal, in vivo imaging. Josan et al. synthetized fluorescent GPCR ligands

that were successfully injected in mice to visualize specific labeling [123]. Such an

approach could make possible the identification of GPCRs throughout the organism

and eventually discriminate between receptors forming oligomeric structures.
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4 Emerging Concepts of GPCR Oligomerization: Stability

and Dynamics of Complexes

The field of GPCR oligomerization has long been focused on deciding whether

GPCRs naturally formed oligomers or remained monomeric. After efforts from

numerous groups to show that GPCR oligomers could exist in heterologous

conditions, and after recent evidence showing that some oligomers do indeed

exist in a native context, growing evidence shows that GPCRs could in fact coexist

as both monomeric and oligomeric structures. Where classic FRET techniques were

limited to bringing evidence of the possibility of oligomerization, original micros-

copy and spectroscopy techniques have allowed researchers to dwell deeper in the

dynamics of GPCRs and bring evidence of even more complex phenomena. This

section aims at illustrating how novel approaches have recently brought to light new

paradigms of GPCR oligomerization and receptor dynamics at the cell surface.

4.1 Stability of Oligomers: Monomer-Oligomer Equilibriums?

Dorsch and colleagues have attempted to bring evidence of a possible equilibrium

between oligomers for b-adrenergic receptors [124]. In this study, receptors were

labeled with fluorescent proteins, the first receptor with an extracellular YFP and the

second with an intracellular CFP. Immobilizing the first receptor with an antibody

recognizing the YFP and after photobleaching a region of interest, they measured

the rate at which receptors labeled with a CFP diffused to that region. The fluores-

cence recovery was rapid in the case of the b1-adrenergic receptor, suggesting

unstable oligomers that did not restrain free diffusion of receptors, whereas the

b2-adrenergic receptor did not allow fluorescence recovery in the photobleached

region, suggesting a more stable oligomeric structure. These results however must

be put in perspective with the known differences for these two receptors. Rybin

et al. [125] previously showed that in cardiac myocytes, b2-adrenergic receptors

presented a tendency to segregate in caveolae compartments, explaining a more

constrained diffusion compared to b1-adrenergic receptors. In perspective with the

above results, Fallahi-Sichani et al. [126] showed in a computational model that

receptors targeting could be simply decided by their tendency to form stable or

unstable quaternary structures. In this case, stable monomers or oligomers prefer-

entially segregated in less fluid compartments such as caveolae microdomains,

whereas unstable oligomers were free to diffuse throughout the membrane.

The above studies show that the unstable oligomer formed by b1-adrenergic
receptors can lead to a greater mobility, as seen by Dorsch et al., whereas the stable
oligomer formed by b2-adrenergic receptors can impair its diffusion and be

constrained in caveolae microdomains. More importantly, these studies show that

GPCR oligomerization cannot be considered as a universal law for all GPCRs and
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that the stability of these quaternary structures is a crucial point to better understand

their function and interactions with the cell membrane.

4.2 Dynamics of GPCRs

GPCR dynamics and diffusion on the cell surface have been recently studied using

fluorescent ligands and single-particle tracking (SPT) observed by total internal

reflection microscopy (TIRF) [127, 128]. Briefly, TIRF microscopy allows a very

fine excitation of the cell basal membrane, where only a few labeled receptors may

be present, increasing the signal-to-noise ratio. By identifying fluorescence spots

corresponding to single fluorophores, it is possible to pinpoint their localization

with great precision (single-particle imaging) and to follow their diffusion in time

(SPT). These studies have demonstrated that receptors diffused freely throughout

the cell membrane, either single or in pairs. Hern and colleagues [127] identified

that 10 % of the labeled receptors diffused in pairs, another 10 % dissociated and

reassociated rapidly in pairs, and the remaining 80 % diffused as monomeric

receptors. Again, these results bring a new dimension to GPCR oligomerization

[129]. However, if SPT allows an increase in spatial resolution, as the single

fluorophore can be pinpointed to the center of mass of its diffraction-limited spot

[130], the resolution achieved in these experiments is not higher than 20–30 nm, a

value depending on fluorescence intensity, receptor density, and temporal resolu-

tion (Fig. 3b). To overcome receptor density, new techniques have recently been

adapted, such as PALM or STORM, using photoactivatable fluorophores [122].

However, resolution remains dependent on fluorescence intensity and, to our

knowledge, has not been reported higher to 30 nm in live cells [122, 131–133].

At the scale of dimerization, this is still insufficient to definitively conclude to a

transient dimerization of these receptors and to rule out the possibility that they

could simply be codiffusing inside the same microdomains of approximately 50 nm

[134]. In the age of super-resolution microscopy, RET techniques still remain

essential to monitor close protein interactions and, combined with recently devel-

oped microscopy techniques, could bring the missing answers to oligomerization

phenomena.

4.3 Identifying Oligomeric Populations

A critical question regarding GPCR oligomerization is the proportion of receptors

forming oligomers and receptors remaining as monomers. The possibility to iden-

tify single molecules with single-particle tracking microscopy allows the identifi-

cation and localization of single FRET pairs. Indeed, the conformation of

immobilized and purified membrane proteins has been studied by TIRF micros-

copy, which allowed the measurement of rapid conformational changes occurring
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in a single receptor [135]. As single FRET pairs are observed, this allows the

measurement of unique FRET events and therefore the calculations of this energy

transfer efficiency. These variations in FRET efficiency illustrate the change in

conformation of the receptor. Just as recently, Sakon and colleagues have been able

to measure single-molecule FRET (smFRET) at the cell surface [136]. This shows

how smFRET could be used to study GPCR oligomerization. Indeed, these

techniques could bring insight into the different quaternary structures adopted by

a GPCR. For example, in the case of an intermediate FRET signal, it could

potentially allow the distinction between receptors adopting an intermediate con-

figuration and receptors clearly segregating into two distinct configurations.

Whereas classic FRET studies provide an average of FRET intensity over several

events, smFRET is able to resolve the heterogeneity among a population of

receptors. Thus, smFRET could bring answers concerning the proportion of

GPCRs forming oligomers as well as their conformation at the cell surface.

4.4 Ligand-Induced Dimerization

The dynamics of individual fluorophores and individual receptors can also be

studied by fluorescence correlation spectroscopy (FCS). By using a confocal or

two-photon microscope to excite fluorescently labeled receptors in a reduced con-

focal volume, FCS allows the quantification of individual labeled receptors diffus-

ing in that volume (Fig. 3c). By measuring the variations in the emitted fluorescence

in this volume, it is possible to extract the diffusion parameters of particles entering

and exiting the volume as well as their average brightness. Analyzing data from FCS

measurements, Ilien and colleagues observed a doubling of the brightness of

diffusing GFP-tagged muscarinic M1 receptors in presence of pirenzepine. They

concluded that pirenzepine binding to the muscarinic M1 receptor induced its

dimerization [137]. Interestingly, as mentioned by the authors, throughout the

literature, contradictory results have been reported on ligand-induced dimerization.

An absence of effect has generally been observed for antagonists or agonists on

muscarinic oligomerization [138, 139], but ligand-induced association and dissoci-

ation has also been described for other class A GPCRs [140].

Recently, this spectroscopy method has been adapted to TIRF and confocal

scanning microscopy, to provide additional localization information of oligomers

with number and molecular brightness analysis [141, 142]. By simply accumulating

several images and analyzing the variation of fluorescence for each individual pixel,

it is possible to quantify the fluctuation in fluorescence and resolve the number and

the brightness of the diffusing particles. Therefore, this could give an indication on

the size, the diffusion, and the localization of receptor complexes [143].
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5 Conclusion

The concept of GPCR oligomerization has always been tightly linked with the

development of fluorescence methods. As the first techniques of energy transfer

were limited to the use of fluorescent proteins, the study of GPCR oligomerization

has long been confined to heterologous systems with chimeric receptors transfected

into cell lines. These models are not able to completely mimic the physiological

context of these receptors, because of variations depending on cell types or simply

matters of overexpression well beyond physiological levels. Thus, the concept of

oligomerization was challenging to extrapolate to physiology.

The use of extracellular epitopes and tags to label receptors at the cell surface has

allowed biologists to more finely control the expression level of receptors. More

importantly, the use of fluorescent ligands, requiring no modification in the

sequence of receptors, eventually enabled the direct labeling of receptors in native

tissues. Along with results confirming positive or negative cooperativity between

binding sites, this provided long-awaited information on the oligomerization of

GPCRs in vivo.

In a distinct direction, advances in labeling and microscopy techniques have

continuously provided researchers with new methods to monitor GPCR dynamics.

Indeed, with the development of original fluorophores presenting more stable and

brighter emissions, as well as photoconvertible fluorophores compatible with super-

resolution imaging, GPCRs can be monitored more closely than ever before.

Combining such super-resolution techniques with single-molecule FRET would

allow even further precision in discriminating direct interactions and monitoring

oligomer dynamics. Obviously, the actual structure of GPCR oligomers would only

be resolved by crystallography, as has recently been achieved for some receptors

binding antagonists [144, 145]. Finally, this has led these past years to original

concepts regarding the possible existence and dynamics of GPCR oligomeric

structures.

Once again, as these works rely mostly on the use of chimeric receptors and

engineered cell lines, they only intend to provide potential mechanisms and

structures. The growing availability and use of fluorescent ligands provide the

possibility to adapt these cutting-edge techniques to GPCRs in their native context.

The combined use of these advanced fluorescence methods will eventually bring us

closer to understanding the complex mechanisms underlying GPCR functioning

and allow us to develop ever more specifically targeted and efficient drugs.

References

1. Marianayagam NJ, Sunde M, Matthews JM (2004) The power of two: protein dimerization in

biology. Trends Biochem Sci 29(11):618–625

2. MacKinnon R (2003) Potassium channels. FEBS Lett 555(1):62–65

New Fluorescent Strategies Shine Light on the Evolving Concept of GPCR. . . 407



3. Li E, Hristova K (2010) Receptor tyrosine kinase transmembrane domains: function, dimer

structure and dimerization energetics. Cell Adh Migr 4(2):249–254

4. Mattera R, Pitts BJ, Entman ML, Birnbaumer L (1985) Guanine nucleotide regulation of a

mammalian myocardial muscarinic receptor system. Evidence for homo- and heterotropic

cooperativity in ligand binding analyzed by computer-assisted curve fitting J Biol Chem

260(12):7410–7421

5. Wreggett KA, Wells JW (1995) Cooperativity manifest in the binding properties of purified

cardiac muscarinic receptors. J Biol Chem 270(38):22488–22499

6. Armstrong D, Strange PG (2001) Dopamine D2 receptor dimer formation: evidence from

ligand binding. J Biol Chem 276(25):22621–22629

7. Rios CD, Jordan BA, Gomes I, Devi LA (2001) G-protein-coupled receptor dimerization:

modulation of receptor function. Pharmacol Ther 92(2–3):71–87

8. Albizu L, Balestre MN, Breton C, Pin JP, Manning M, Mouillac B, Barberis C, Durroux T

(2006) Probing the existence of G protein-coupled receptor dimers by positive and negative

ligand-dependent cooperative binding. Mol Pharmacol 70(5):1783–1791

9. Springael JY, Le Minh PN, Urizar E, Costagliola S, Vassart G, Parmentier M (2006)

Allosteric modulation of binding properties between units of chemokine receptor homo-

and hetero-oligomers. Mol Pharmacol 69(5):1652–1661

10. Birdsall NJ (2010) Class A GPCR heterodimers: evidence from binding studies. Trends

Pharmacol Sci 31(11):499–508

11. Pin JP, Galvez T, Prezeau L (2003) Evolution, structure, and activation mechanism of family

3/C G-protein-coupled receptors. Pharmacol Ther 98(3):325–354

12. Chabre M, Deterre P, Antonny B (2009) The apparent cooperativity of some GPCRs does not

necessarily imply dimerization. Trends Pharmacol Sci 30(4):182–187

13. Skrabanek L, Murcia M, Bouvier M, Devi L, George SR, Lohse MJ, Milligan G, Neubig R,

Palczewski K, Parmentier M, Pin JP, Vriend G, Javitch JA, Campagne F, Filizola M (2007)

Requirements and ontology for a G protein-coupled receptor oligomerization knowledge

base. BMC Bioinformatics 8:177

14. Khelashvili G, Dorff K, Shan J, Camacho-Artacho M, Skrabanek L, Vroling B, Bouvier M,

Devi LA, George SR, Javitch JA, Lohse MJ, Milligan G, Neubig RR, Palczewski K,

Parmentier M, Pin JP, Vriend G, Campagne F, Filizola M (2010) GPCR-OKB: the G protein

coupled receptor oligomer knowledge base. Bioinformatics 26(14):1804–1805

15. Galvez T, Parmentier ML, Joly C, Malitschek B, Kaupmann K, Kuhn R, Bittiger H,

Froestl W, Bettler B, Pin JP (1999) Mutagenesis and modeling of the GABAB receptor

extracellular domain support a venus flytrap mechanism for ligand binding. J Biol Chem

274(19):13362–13369

16. Galvez T, Prezeau L, Milioti G, Franek M, Joly C, Froestl W, Bettler B, Bertrand HO,

Blahos J, Pin JP (2000) Mapping the agonist-binding site of GABAB type 1 subunit sheds

light on the activation process of GABAB receptors. J Biol Chem 275(52):41166–41174

17. Duthey B, Caudron S, Perroy J, Bettler B, Fagni L, Pin JP, Prezeau L (2002) A single subunit

(GB2) is required for G-protein activation by the heterodimeric GABA(B) receptor. J Biol

Chem 277(5):3236–3241

18. Durroux T (2005) Principles: a model for the allosteric interactions between ligand binding

sites within a dimeric GPCR. Trends Pharmacol Sci 26(7):376–384

19. Han Y, Moreira IS, Urizar E, Weinstein H, Javitch JA (2009) Allosteric communication

between protomers of dopamine class A GPCR dimers modulates activation. Nat Chem Biol

5(9):688–695

20. Rovira X, Pin JP, Giraldo J (2010) The asymmetric/symmetric activation of GPCR dimers as

a possible mechanistic rationale for multiple signalling pathways. Trends Pharmacol Sci

31(1):15–21

21. White JF, Grodnitzky J, Louis JM, Trinh LB, Shiloach J, Gutierrez J, Northup JK,

Grisshammer R (2007) Dimerization of the class A G protein-coupled neurotensin receptor

NTS1 alters G protein interaction. Proc Natl Acad Sci USA 104(29):12199–12204

408 M. Cottet et al.



22. Arcemisbehere L, Sen T, Boudier L, Balestre MN, Gaibelet G, Detouillon E, Orcel H,

Mendre C, Rahmeh R, Granier S, Vives C, Fieschi F, Damian M, Durroux T, Baneres JL,

Mouillac B (2010) Leukotriene BLT2 receptor monomers activate the G(i2) GTP-binding

protein more efficiently than dimers. J Biol Chem 285(9):6337–6347

23. Comps-Agrar L, Kniazeff J, Norskov-Lauritsen L, Maurel D, Gassmann M, Gregor N,

Prezeau L, Bettler B, Durroux T, Trinquet E, Pin JP (2011) The oligomeric state sets

GABA(B) receptor signalling efficacy. EMBO J 30(12):2336–2349

24. Pellissier LP, Barthet G, Gaven F, Cassier E, Trinquet E, Pin J-P, Marin P, Dumuis A,

Bockaert J, Baneres J-L, Claeysen S (2011) G protein activation by serotonin type 4 receptor

dimers: evidence that turning on two protomers is more efficient. J Biol Chem 286(12):

9985–9997

25. Fribourg M, Moreno JL, Holloway T, Provasi D, Baki L, Mahajan R, Park G, Adney SK,

Hatcher C, Eltit JM, Ruta JD, Albizu L, Li Z, Umali A, Shim J, Fabiato A, MacKerell AD Jr,

Brezina V, Sealfon SC, Filizola M, Gonzalez-Maeso J, Logothetis DE (2011) Decoding the

signaling of a GPCR heteromeric complex reveals a unifying mechanism of action of

antipsychotic drugs. Cell 147(5):1011–1023

26. Forster T (1946) Energiewanderung Und Fluoreszenz. Naturwissenschaften 33(6):166–175

27. Clegg RM (1995) Fluorescence resonance energy transfer. Curr Opin Biotechnol

6(1):103–110

28. Lakowicz JR (2006) Principles of fluorescence spectroscopy, 3rd edn. Springer, New York

29. Shimomura O, Johnson FH, Saiga Y (1962) Extraction, purification and properties of

aequorin, a bioluminescent protein from the luminous hydromedusan, Aequorea. J Cell

Comp Physiol 59:223–239

30. Prasher DC, Eckenrode VK, Ward WW, Prendergast FG, Cormier MJ (1992) Primary

structure of the Aequorea victoria green-fluorescent protein. Gene 111(2):229–233

31. Matz MV, Fradkov AF, Labas YA, Savitsky AP, Zaraisky AG, Markelov ML, Lukyanov SA

(1999) Fluorescent proteins from nonbioluminescent Anthozoa species. Nat Biotechnol

17(10):969–973

32. Wiedenmann J, Oswald F, Nienhaus GU (2009) Fluorescent proteins for live cell imaging:

opportunities, limitations, and challenges. IUBMB Life 61(11):1029–1042

33. Patterson GH, Lippincott-Schwartz J (2002) A photoactivatable GFP for selective

photolabeling of proteins and cells. Science 297(5588):1873–1877

34. Chudakov DM, Verkhusha VV, Staroverov DB, Souslova EA, Lukyanov S, Lukyanov KA

(2004) Photoswitchable cyan fluorescent protein for protein tracking. Nat Biotechnol

22(11):1435–1439

35. Matsuda T, Miyawaki A, Nagai T (2008) Direct measurement of protein dynamics inside

cells using a rationally designed photoconvertible protein. Nat Methods 5(4):339–345

36. Maurel D, Banala S, Laroche T, Johnsson K (2010) Photoactivatable and photoconvertible

fluorescent probes for protein labeling. ACS Chem Biol 5(5):507–516

37. Miyawaki A (2011) Proteins on the move: insights gained from fluorescent protein

technologies. Nat Rev Mol Cell Biol 12(10):656–668

38. Vilardaga JP, Bunemann M, Krasel C, Castro M, Lohse MJ (2003) Measurement of the

millisecond activation switch of G protein-coupled receptors in living cells. Nat Biotechnol

21(7):807–812

39. Valentin G, Verheggen C, Piolot T, Neel H, Coppey-Moisan M, Bertrand E (2005)

Photoconversion of YFP into a CFP-like species during acceptor photobleaching FRET

experiments. Nat Methods 2(11):801

40. Miyawaki A, Tsien RY (2000) Monitoring protein conformations and interactions by fluo-

rescence resonance energy transfer between mutants of green fluorescent protein. Methods

Enzymol 327:472–500

41. Zacharias DA, Violin JD, Newton AC, Tsien RY (2002) Partitioning of lipid-modified

monomeric GFPs into membrane microdomains of live cells. Science 296(5569):913–916

New Fluorescent Strategies Shine Light on the Evolving Concept of GPCR. . . 409



42. Gaibelet G, Planchenault T, Mazeres S, Dumas F, Arenzana-Seisdedos F, Lopez A, Lagane

B, Bachelerie F (2006) CD4 and CCR5 constitutively interact at the plasma membrane of

living cells: a confocal fluorescence resonance energy transfer-based approach. J Biol Chem

281(49):37921–37929

43. Hollins B, Kuravi S, Digby GJ, Lambert NA (2009) The c-terminus of GRK3 indicates rapid

dissociation of G protein heterotrimers. Cell Signal 21(6):1015–1021

44. Berney C, Danuser G (2003) FRET or no FRET: a quantitative comparison. Biophys J

84(6):3992–4010

45. Sun Y, Periasamy A (2010) Additional correction for energy transfer efficiency calculation in

filter-based Forster resonance energy transfer microscopy for more accurate results. J Biomed

Opt 15(2):020513

46. Zheng J, Trudeau MC, Zagotta WN (2002) Rod cyclic nucleotide-gated channels have a

stoichiometry of three CNGA1 subunits and one CNGB1 subunit. Neuron 36(5):891–896

47. Vogel SS, Thaler C, Koushik SV (2006) Fanciful FRET. Sci STKE 2006 (331):re2 http://stke.

sciencemag.org/cgi/content/abstract/sigtrans;2006/331/re2

48. Dinant C, van Royen ME, Vermeulen W, Houtsmuller AB (2008) Fluorescence resonance

energy transfer of GFP and YFP by spectral imaging and quantitative acceptor

photobleaching. J Microsc 231(Pt 1):97–104

49. Ayoub MA, Pfleger KD (2010) Recent advances in bioluminescence resonance energy

transfer technologies to study GPCR heteromerization. Curr Opin Pharmacol 10(1):44–52

50. Achour L, Kamal M, Jockers R, Marullo S (2011) Using Quantitative BRET to Assess G

Protein-Coupled Receptor Homo- and Heterodimerization. Methods Mol Biol 756:183–200

51. Pfleger KD, Eidne KA (2006) Illuminating insights into protein-protein interactions using

bioluminescence resonance energy transfer (BRET). Nat Methods 3(3):165–174

52. Pfleger KD, Seeber RM, Eidne KA (2006) Bioluminescence resonance energy transfer

(BRET) for the real-time detection of protein-protein interactions. Nat Protoc 1(1):337–345

53. Kocan M, See HB, Seeber RM, Eidne KA, Pfleger KD (2008) Demonstration of

improvements to the bioluminescence resonance energy transfer (BRET) technology for

the monitoring of G protein-coupled receptors in live cells. J Biomol Screen 13(9):888–898

54. Kocan M, Pfleger KD (2011) Study of GPCR-protein interactions by BRET. Methods Mol

Biol 746:357–371

55. Breton B, Sauvageau E, Zhou J, Bonin H, Le Gouill C, Bouvier M (2010) Multiplexing of

multicolor bioluminescence resonance energy transfer. Biophys J 99(12):4037–4046

56. De A, Ray P, Loening AM, Gambhir SS (2009) BRET3: a red-shifted bioluminescence

resonance energy transfer (BRET)-based integrated platform for imaging protein-protein

interactions from single live cells and living animals. FASEB J 23(8):2702–2709

57. Ayoub MA, Couturier C, Lucas-Meunier E, Angers S, Fossier P, Bouvier M, Jockers R

(2002) Monitoring of ligand-independent dimerization and ligand-induced conformational

changes of melatonin receptors in living cells by bioluminescence resonance energy transfer.

J Biol Chem 277(24):21522–21528

58. Terrillon S, Durroux T, Mouillac B, Breit A, Ayoub MA, Taulan M, Jockers R, Barberis C,

Bouvier M (2003) Oxytocin and vasopressin V1a and V2 receptors form constitutive homo-

and heterodimers during biosynthesis. Mol Endocrinol 17(4):677–691

59. Angers S, Salahpour A, Bouvier M (2002) Dimerization: an emerging concept for G protein-

coupled receptor ontogeny and function. Annu Rev Pharmacol Toxicol 42:409–435

60. James JR, Oliveira MI, Carmo AM, Iaboni A, Davis SJ (2006) A rigorous experimental

framework for detecting protein oligomerization using bioluminescence resonance energy

transfer. Nat Methods 3(12):1001–1006

61. Bouvier M, Heveker N, Jockers R, Marullo S, Milligan G (2007) BRET analysis of GPCR

oligomerization: newer does not mean better. Nat Methods 4(1):3–4; author reply 4

62. Hu CD, Chinenov Y, Kerppola TK (2002) Visualization of interactions among bZIP and Rel

family proteins in living cells using bimolecular fluorescence complementation. Mol Cell

9(4):789–798

410 M. Cottet et al.

http://stke.sciencemag.org/cgi/content/abstract/sigtrans;2006/331/re2
http://stke.sciencemag.org/cgi/content/abstract/sigtrans;2006/331/re2


63. Hu CD, Grinberg AV, Kerppola TK (2006) Visualization of protein interactions in living

cells using bimolecular fluorescence complementation (BiFC) analysis. Curr Protoc Cell Biol

Chapter 21:Unit 21. 23

64. Kerppola TK (2006) Design and implementation of bimolecular fluorescence complementa-

tion (BiFC) assays for the visualization of protein interactions in living cells. Nat Protoc

1(3):1278–1286

65. Kerppola TK (2006) Complementary methods for studies of protein interactions in living

cells. Nat Methods 3(12):969–971

66. Kerppola TK (2006) Visualization of molecular interactions by fluorescence complementa-

tion. Nat Rev Mol Cell Biol 7(6):449–456

67. Vidi PA, Ejendal KF, Przybyla JA, Watts VJ (2011) Fluorescent protein complementation

assays: new tools to study G protein-coupled receptor oligomerization and GPCR-mediated

signaling. Mol Cell Endocrinol 331(2):185–193

68. Vidi PA, Chen J, Irudayaraj JM, Watts VJ (2008) Adenosine A(2A) receptors assemble into

higher-order oligomers at the plasma membrane. FEBS Lett 582(29):3985–3990

69. Guo W, Urizar E, Kralikova M, Mobarec JC, Shi L, Filizola M, Javitch JA (2008) Dopamine

D2 receptors form higher order oligomers at physiological expression levels. EMBO J 27

(17):2293–2304

70. Urizar E, Yano H, Kolster R, Gales C, Lambert N, Javitch JA (2011) CODA-RET reveals

functional selectivity as a result of GPCR heteromerization. Nat Chem Biol 7(9):624–630

71. Heroux M, Hogue M, Lemieux S, Bouvier M (2007) Functional calcitonin gene-related

peptide receptors are formed by the asymmetric assembly of a calcitonin receptor-like

receptor homo-oligomer and a monomer of receptor activity-modifying protein-1. J Biol

Chem 282(43):31610–31620

72. Pietraszewska-Bogiel A, Gadella TW (2011) FRET microscopy: from principle to routine

technology in cell biology. J Microsc 241(2):111–118

73. Tadross MR, Park SA, Veeramani B, Yue DT (2009) Robust approaches to quantitative

ratiometric FRET imaging of CFP/YFP fluorophores under confocal microscopy. J Microsc

233(1):192–204

74. Coulon V, Audet M, Homburger V, Bockaert J, Fagni L, Bouvier M, Perroy J (2008)

Subcellular imaging of dynamic protein interactions by bioluminescence resonance energy

transfer. Biophys J 94(3):1001–1009

75. Perroy J (2010) Subcellular dynamic imaging of protein-protein interactions in live cells by

bioluminescence resonance energy transfer. Methods Mol Biol 591:325–333

76. Zhang J, Campbell RE, Ting AY, Tsien RY (2002) Creating new fluorescent probes for cell

biology. Nat Rev Mol Cell Biol 3(12):906–918

77. Resch-Genger U, Grabolle M, Cavaliere-Jaricot S, Nitschke R, Nann T (2008) Quantum dots

versus organic dyes as fluorescent labels. Nat Methods 5(9):763–775

78. Bates M, Huang B, Dempsey GT, Zhuang X (2007) Multicolor super-resolution imaging with

photo-switchable fluorescent probes. Science 317(5845):1749–1753

79. Tzeng YK, Faklaris O, Chang BM, Kuo Y, Hsu JH, Chang HC (2011) Superresolution

imaging of albumin-conjugated fluorescent nanodiamonds in cells by stimulated emission

depletion. Angewandte Chemie 50(10):2262–2265

80. Mathis G (1995) Probing molecular interactions with homogeneous techniques based on rare

earth cryptates and fluorescence energy transfer. Clin Chem 41(9):1391–1397

81. Selvin PR (2000) The renaissance of fluorescence resonance energy transfer. Nat Struct Biol

7(9):730–734

82. Selvin PR (2002) Principles and biophysical applications of lanthanide-based probes. Annu

Rev Biophys Biomol Struct 31:275–302

83. Pin JP, Maurel D, Comps-Agrar L, Monnier C, Rives ML, Doumazane E, Rondard P,

Durroux T, Prezeau L, Trinquet E (2010) Time-resolved FRET approaches to study GPCR

complexes. In: Siehler S, Milligan G (eds) G protein-coupled receptors: structure signaling

and physiology. Cambridge University Press, Cambridge, pp 67–89

New Fluorescent Strategies Shine Light on the Evolving Concept of GPCR. . . 411



84. Pradidarcheep W, Labruyere WT, Dabhoiwala NF, Lamers WH (2008) Lack of specificity of

commercially available antisera: better specifications needed. J Histochem Cytochem 56

(12):1099–1111

85. Beermann S, Seifert R, Neumann D (2012) Commercially available antibodies against human

and murine histamine H(4)-receptor lack specificity. Naunyn Schmiedebergs Arch

Pharmacol 385(2):125–135

86. Bodei S, Arrighi N, Spano P, Sigala S (2009) Should we be cautious on the use of

commercially available antibodies to dopamine receptors? Naunyn Schmiedebergs Arch

Pharmacol 379(4):413–415

87. Jensen BC, Swigart PM, Simpson PC (2009) Ten commercial antibodies for alpha-1-adrenergic

receptor subtypes are nonspecific. Naunyn Schmiedebergs Arch Pharmacol 379(4):409–412

88. Michel MC, Wieland T, Tsujimoto G (2009) How reliable are G-protein-coupled receptor

antibodies? Naunyn Schmiedebergs Arch Pharmacol 379(4):385–388

89. PradidarcheepW, Stallen J, Labruyere WT, Dabhoiwala NF, Michel MC, Lamers WH (2009)

Lack of specificity of commercially available antisera against muscarinergic and adrenergic

receptors. Naunyn Schmiedebergs Arch Pharmacol 379(4):397–402

90. Rocheville M, Lange DC, Kumar U, Sasi R, Patel RC, Patel YC (2000) Subtypes of the

somatostatin receptor assemble as functional homo- and heterodimers. J Biol Chem 275

(11):7862–7869

91. McVey M, Ramsay D, Kellett E, Rees S, Wilson S, Pope AJ, Milligan G (2001) Monitoring

receptor oligomerization using time-resolved fluorescence resonance energy transfer and

bioluminescence resonance energy transfer. The human delta-opioid receptor displays con-

stitutive oligomerization at the cell surface, which is not regulated by receptor occupancy.

J Biol Chem 276(17):14092–14099

92. Maurel D, Kniazeff J, Mathis G, Trinquet E, Pin JP, Ansanay H (2004) Cell surface detection

of membrane protein interaction with homogeneous time-resolved fluorescence resonance

energy transfer technology. Anal Biochem 329(2):253–262

93. Urizar E, Montanelli L, Loy T, Bonomi M, Swillens S, Gales C, Bouvier M, Smits G,

Vassart G, Costagliola S (2005) Glycoprotein hormone receptors: link between receptor

homodimerization and negative cooperativity. EMBO J 24(11):1954–1964

94. O’Hare HM, Johnsson K, Gautier A (2007) Chemical probes shed light on protein function.

Curr Opin Struct Biol 17(4):488–494

95. Keppler A, Gendreizig S, Gronemeyer T, Pick H, Vogel H, Johnsson K (2003) A general

method for the covalent labeling of fusion proteins with small molecules in vivo. Nat

Biotechnol 21(1):86–89

96. George N, Pick H, Vogel H, Johnsson N, Johnsson K (2004) Specific labeling of cell surface

proteins with chemically diverse compounds. J Am Chem Soc 126(29):8896–8897

97. Griffin BA, Adams SR, Tsien RY (1998) Specific covalent labeling of recombinant protein

molecules inside live cells. Science 281(5374):269–272

98. Gautier A, Juillerat A, Heinis C, Correa IR Jr, Kindermann M, Beaufils F, Johnsson K (2008)

An engineered protein tag for multiprotein labeling in living cells. Chem Biol 15(2):128–136

99. Los GV, Wood K (2007) The HaloTag: a novel technology for cell imaging and protein

analysis. Methods Mol Biol 356:195–208

100. Maurel D, Comps-Agrar L, Brock C, Rives ML, Bourrier E, Ayoub MA, Bazin H, Tinel N,

Durroux T, Prezeau L, Trinquet E, Pin JP (2008) Cell-surface protein-protein interaction

analysis with time-resolved FRET and snap-tag technologies: application to GPCR oligo-

merization. Nat Methods 5(6):561–567

101. Comps-Agrar L, Kniazeff J, Brock C, Trinquet E, Pin JP (2012) Stability of GABAB receptor

oligomers revealed by dual TR-FRET and drug-induced cell surface targeting. FASEB J

26(8):3430–3439

102. Doumazane E, Scholler P, Zwier JM, Eric T, Rondard P, Pin JP (2011) A new approach to

analyze cell surface protein complexes reveals specific heterodimeric metabotropic glutamate

receptors. FASEB J 25(1):66–77

412 M. Cottet et al.



103. Monnier C, Tu H, Bourrier E, Vol C, Lamarque L, Trinquet E, Pin JP, Rondard P (2011)

Trans-activation between 7TM domains: implication in heterodimeric GABA(B) receptor

activation. EMBO J 30(1):32–42

104. Hoffmann C, Gaietta G, Bunemann M, Adams SR, Oberdorff-Maass S, Behr B, Vilardaga JP,

Tsien RY, Ellisman MH, Lohse MJ (2005) A FlAsH-based FRET approach to determine G

protein-coupled receptor activation in living cells. Nat Methods 2(3):171–176

105. Ambrosio M, Lohse MJ (2010) Microscopy: GPCR dimers moving closer. Nat Chem Biol

6(8):570–571

106. Scherrer G, Tryoen-Toth P, Filliol D, Matifas A, Laustriat D, Cao YQ, Basbaum AI,

Dierich A, Vonesh JL, Gaveriaux-Ruff C, Kieffer BL (2006) Knockin mice expressing

fluorescent delta-opioid receptors uncover G protein-coupled receptor dynamics in vivo.

Proc Natl Acad Sci USA 103(25):9691–9696

107. Zwier JM, Roux T, Cottet M, Durroux T, Douzon S, Bdioui S, Gregor N, Bourrier E,

Oueslati N, Nicolas L, Tinel N, Boisseau C, Yverneau P, Charrier-Savournin F, Fink M,

Trinquet E (2010) A fluorescent ligand-binding alternative using Tag-lite(R) technology.

J Biomol Screen 15(10):1248–1259

108. Briddon SJ, Kellam B, Hill SJ (2011) Design and use of fluorescent ligands to study ligand-

receptor interactions in single living cells. Methods Mol Biol 746:211–236

109. Cottet M, Faklaris O, Zwier JM, Trinquet E, Pin J-P, Durroux T (2011) Original fluorescent

ligand-based assays open new perspectives in G-protein coupled receptor drug screening.

Pharmaceuticals 4(1):202–214

110. Lodowski DT, Palczewski K (2011) Chapter 1 The impact of G protein-coupled receptor

(GPCR) structures on understanding signal transduction. In: Giraldo J, Pin JP (eds) G protein-

coupled receptors: from structure to function. The Royal Society of Chemistry, Cambridge,

UK, pp 1–27

111. Durroux T, Peter M, Turcatti G, Chollet A, Balestre MN, Barberis C, Seyer R (1999)

Fluorescent pseudo-peptide linear vasopressin antagonists: design, synthesis, and

applications. J Med Chem 42(7):1312–1319

112. Terrillon S, Cheng LL, Stoev S, Mouillac B, Barberis C, Manning M, Durroux T (2002)

Synthesis and characterization of fluorescent antagonists and agonists for human oxytocin

and vasopressin V(1)(a) receptors. J Med Chem 45(12):2579–2588

113. Mouillac B, Manning M, Durroux T (2008) Fluorescent agonists and antagonists for vaso-

pressin/oxytocin G protein-coupled receptors: usefulness in ligand screening assays and

receptor studies. Mini Rev Med Chem 8(10):996–1005

114. Kuder K, Kiec-Kononowicz K (2008) Fluorescent GPCR ligands as new tools in pharmacology.

Curr Med Chem 15(21):2132–2143

115. Daly CJ, Ross RA, Whyte J, Henstridge CM, Irving AJ, McGrath JC (2010) Fluorescent

ligand binding reveals heterogeneous distribution of adrenoceptors and ’cannabinoid-like’

receptors in small arteries. Br J Pharmacol 159(4):787–796

116. Albizu L, Cottet M, Kralikova M, Stoev S, Seyer R, Brabet I, Roux T, Bazin H, Bourrier E,

Lamarque L, Breton C, Rives ML, Newman A, Javitch J, Trinquet E, Manning M, Pin JP,

Mouillac B, Durroux T (2010) Time-resolved FRET between GPCR ligands reveals

oligomers in native tissues. Nat Chem Biol 6(8):587–594

117. Franco R, Casado V, Mallol J, Ferre S, Fuxe K, Cortes A, Ciruela F, Lluis C, Canela EI

(2005) Dimer-based model for heptaspanning membrane receptors. Trends Biochem Sci

30(7):360–366

118. Kern A, Albarran-Zeckler R, Walsh HE, Smith RG (2012) Apo-ghrelin receptor forms

heteromers with DRD2 in hypothalamic neurons and is essential for anorexigenic effects of

DRD2 agonism. Neuron 73(2):317–332

119. Rajapakse HE, Gahlaut N, Mohandessi S, Yu D, Turner JR, Miller LW (2010) Time-resolved

luminescence resonance energy transfer imaging of protein-protein interactions in living

cells. Proc Natl Acad Sci USA 107(31):13582–13587

New Fluorescent Strategies Shine Light on the Evolving Concept of GPCR. . . 413



120. Rajapakse HE, Miller LW (2012) Time-resolved luminescence resonance energy transfer

imaging of protein-protein interactions in living cells. Methods Enzymol 505:329–345

121. Grecco HE, Verveer PJ (2011) FRET in cell biology: still shining in the age of super-

resolution? Chemphyschem: Eur J Chem Physics Phys Chem 12(3):484–490

122. Schermelleh L, Heintzmann R, Leonhardt H (2010) A guide to super-resolution fluorescence

microscopy. J Cell Biol 190(2):165–175

123. Josan JS, Morse DL, Xu L, Trissal M, Baggett B, Davis P, Vagner J, Gillies RJ, Hruby VJ

(2009) Solid-phase synthetic strategy and bioevaluation of a labeled delta-opioid receptor

ligand Dmt-Tic-Lys for in vivo imaging. Org Lett 11(12):2479–2482

124. Dorsch S, Klotz KN, Engelhardt S, Lohse MJ, Bunemann M (2009) Analysis of receptor

oligomerization by FRAP microscopy. Nat Methods 6(3):225–230

125. Rybin VO, Xu X, Lisanti MP, Steinberg SF (2000) Differential targeting of beta -adrenergic

receptor subtypes and adenylyl cyclase to cardiomyocyte caveolae. A mechanism to func-

tionally regulate the cAMP signaling pathway. J Biol Chem 275(52):41447–41457

126. Fallahi-Sichani M, Linderman JJ (2009) Lipid raft-mediated regulation of G-protein coupled

receptor signaling by ligands which influence receptor dimerization: a computational study.

PLoS ONE 4(8):e6604

127. Hern JA, Baig AH, Mashanov GI, Birdsall B, Corrie JE, Lazareno S, Molloy JE, Birdsall NJ

(2010) Formation and dissociation of M1 muscarinic receptor dimers seen by total internal

reflection fluorescence imaging of single molecules. Proc Natl Acad Sci USA 107

(6):2693–2698

128. Kasai RS, Suzuki KGN, Prossnitz ER, Koyama-Honda I, Nakada C, Fujiwara TK, Kusumi A

(2011) Full characterization of GPCR monomer-dimer dynamic equilibrium by single mole-

cule imaging. J Cell Biol 192(3):463–480

129. Lambert NA (2010) GPCR dimers fall apart. Sci Signal 3 (115):pe12

130. Mortensen KI, Churchman LS, Spudich JA, Flyvbjerg H (2010) Optimized localization

analysis for single-molecule tracking and super-resolution microscopy. Nat Methods

7(5):377–381

131. Jones SA, Shim SH, He J, Zhuang X (2011) Fast, three-dimensional super-resolution imaging

of live cells. Nat Methods 8(6):499–508

132. Hess ST, Gould TJ, Gudheti MV, Maas SA, Mills KD, Zimmerberg J (2007) Dynamic

clustered distribution of hemagglutinin resolved at 40 nm in living cell membranes

discriminates between raft theories. Proc Natl Acad Sci U S A 104(44):17370–17375

133. Pellett PA, Sun X, Gould TJ, Rothman JE, Xu MQ, Correa IR Jr, Bewersdorf J (2011) Two-

color STED microscopy in living cells. Biomed Opt Express 2(8):2364–2371

134. Mayor S, Rao M (2004) Rafts: scale-dependent, active lipid organization at the cell surface.

Traffic 5(4):231–240

135. Zhao Y, Terry D, Shi L, Weinstein H, Blanchard SC, Javitch JA (2010) Single-molecule

dynamics of gating in a neurotransmitter transporter homologue. Nature 465(7295):188–193

136. Sakon JJ, Weninger KR (2010) Detecting the conformation of individual proteins in live

cells. Nat Methods 7(3):203–205

137. Ilien B, Glasser N, Clamme JP, Didier P, Piemont E, Chinnappan R, Daval SB, Galzi JL,

Mely Y (2009) Pirenzepine promotes the dimerization of muscarinic M1 receptors through a

three-step binding process. J Biol Chem 284(29):19533–19543

138. Zeng FY, Wess J (1999) Identification and molecular characterization of m3 muscarinic

receptor dimers. J Biol Chem 274(27):19487–19497

139. Goin JC, Nathanson NM (2006) Quantitative analysis of muscarinic acetylcholine receptor

homo- and heterodimerization in live cells: regulation of receptor down-regulation by

heterodimerization. J Biol Chem 281(9):5416–5425

140. Grant M, Collier B, Kumar U (2004) Agonist-dependent dissociation of human somatostatin

receptor 2 dimers: a role in receptor trafficking. J Biol Chem 279(35):36179–36183

414 M. Cottet et al.



141. Ross JA, Digman MA, Wang L, Gratton E, Albanesi JP, Jameson DM (2011) Oligomeriza-

tion state of dynamin 2 in cell membranes using TIRF and number and brightness analysis.

Biophys J 100(3):L15–17

142. Digman MA, Dalal R, Horwitz AF, Gratton E (2008) Mapping the number of molecules

and brightness in the laser scanning microscope. Biophys J 94(6):2320–2332

143. Sergeev M, Costantino S, Wiseman PW (2006) Measurement of monomer-oligomer

distributions via fluorescence moment image analysis. Biophys J 91(10):3884–3896

144. Wu B, Chien EY, Mol CD, Fenalti G, Liu W, Katritch V, Abagyan R, Brooun A, Wells P, Bi

FC, Hamel DJ, Kuhn P, Handel TM, Cherezov V, Stevens RC (2010) Structures of the

CXCR4 chemokine GPCR with small-molecule and cyclic peptide antagonists. Science 330

(6007):1066–1071

145. Manglik A, Kruse AC, Kobilka TS, Thian FS, Mathiesen JM, Sunahara RK, Pardo L, Weis

WI, Kobilka BK, Granier S (2012) Crystal structure of the micro-opioid receptor bound to

a morphinan antagonist. Nature 485(7398):321–326

New Fluorescent Strategies Shine Light on the Evolving Concept of GPCR. . . 415



Application of Quantitative Fluorescence

Microscopic Approaches to Monitor

Organization and Dynamics of the Serotonin1A
Receptor

Md. Jafurulla and Amitabha Chattopadhyay

Abstract G protein-coupled receptors (GPCRs) are the largest class of molecules

involved in signal transduction across membranes and represent major targets in the

development of novel drug candidates in all clinical areas. Recent advances in

understanding of the nonrandom distribution of GPCRs, G proteins, and effector

molecules have given rise to new challenges and complexities in cellular signaling

by GPCRs. In this article, we provide specific examples on the application of

quantitative fluorescence microscopic approaches to monitor organization and

dynamics of the serotonin1A receptor (a GPCR) in live cells. This assumes broader

relevance due to the emerging theme that GPCR function depends on its organi-

zation and dynamics. We envisage that with progress in understanding of receptor

organization and dynamics, our knowledge of GPCR function would improve

considerably, thereby enabling to design better therapeutic strategies to combat

diseases related to malfunctioning of GPCRs.

Keywords Actin �GPCR � Oligomerization � Homo-FRET � Serotonin1A receptor �
zFCS
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Abbreviations

Bodipy-FL PC 2-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-
pentanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine

CD Cytochalasin D

DRM Detergent-resistant membrane

EYFP Enhanced yellow fluorescent protein

F-actin Filamentous actin

FCS Fluorescence correlation spectroscopy

FPR N-formyl peptide receptor

FRET Fluorescence resonance energy transfer

G-actin Globular actin

GFP Green fluorescent protein

GPCR G protein-coupled receptor

Jas Jasplakinolide

LatA Latrunculin A

MbCD Methyl-b-cyclodextrin
p-MPPI 4-(20-Methoxy)-phenyl-1-[20-(N-200-pyridinyl)-p-

iodobenzamido]ethyl-piperazine

zFCS Z-Scanning FCS

1 Introduction

G protein-coupled receptors (GPCRs) represent the largest and most diverse protein

family in mammals, involved in signal transduction across membranes [69, 80].

GPCRs are seven transmembrane domain proteins and include >800 members

which are encoded by ~5 % of human genes [98]. In terms of evolution, they

constitute the most versatile group of proteins in the human genome [68]. GPCRs

dictate physiological responses to a diverse array of stimuli from biogenic amines,

peptides, glycoproteins, lipids, and nucleotides to even photons. As a consequence,

these receptors mediate multiple physiological processes such as neurotransmission,

cellular metabolism, secretion, cellular differentiation, growth, and inflammatory and

immune responses. GPCRs therefore have emerged as major targets for the develop-

ment of novel drug candidates in all clinical areas [29]. It is estimated that ~50 % of

clinically prescribed drugs act as either agonists or antagonists of GPCRs, and several

ligands of GPCRs are listed among the top 100 globally selling drugs, which points

out their immense therapeutic potential [84]. Importantly, GPCRs have been shown

to be hijacked by pathogenic organisms for their entry and infection [5, 25].
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The common structural features of G protein-coupled receptors include seven

transmembrane domains with an extracellular N-terminus and a cytoplasmic

C-terminus. Cellular signaling by GPCRs involves their activation by ligands

present in the extracellular environment and the subsequent transduction of signals

to the interior of the cell through concerted changes in their transmembrane domain

structure [18]. The major paradigm in GPCR signaling is that ligand-mediated

stimulation of these receptors leads to the activation of heterotrimeric GTP-binding

proteins (G proteins) [62]. The multiple components of GPCR signal transduction

such as different types of receptors and G protein subunits provide cells with the

versatility to customize their responses to a diverse array of signals and stimuli.

The classical view of uniform distribution of GPCRs, G proteins, and effectors

and their free diffusion on the cell surface is inadequate in explaining the specific

and rapid signaling responses characteristic of GPCRs [61, 63]. This suggests that

receptor-G protein interactions may be dependent on their spatiotemporal organi-

zation in the membrane. The organization and restricted mobility of signaling

components such as receptors, G proteins, and effectors in the membrane, in

addition to their specificity of interaction, are now believed to be important in

spatiotemporal regulation of GPCR signaling [14, 33, 36, 63, 83]. In this overall

scenario, the observation that GPCRs are not uniformly present on the plasma

membrane but are concentrated in specific membrane domains enriched in choles-

terol assumes relevance [63]. Understanding the role of cholesterol and cytoskeletal

components (believed to be crucial in the organization of membrane domains)

in GPCR function therefore represents a challenging aspect of GPCR signaling

[49, 59].

Fluorescence-based approaches enjoy certain advantages over other approaches

in monitoring GPCR functions such as receptor-receptor and receptor-ligand

interactions, real-time assessment of signal transduction, receptor dynamics in the

plasma membrane, and intracellular trafficking of receptors [46, 56, 74, 83]. This is

due to their enhanced sensitivity, minimal perturbation, multiplicity of measurable

parameters, and suitable time scales that allow the analysis of several biologically

relevant molecular processes. In this review, we provide representative examples of

the application of contemporary fluorescence-based microscopic approaches to

explore receptor organization and dynamics in live cells using the serotonin1A
receptor as a typical member of the GPCR family.

2 The Serotonin1A Receptor

The serotonin1A (5-HT1A) receptor is an important neurotransmitter receptor and

belongs to the GPCR superfamily. It is the most extensively studied among seroto-

nin receptors for a variety of reasons [44, 75]. The serotonin1A receptor plays a key

role in the generation and modulation of various cognitive, behavioral, and devel-

opmental functions such as sleep, mood, addiction, depression, anxiety, aggression,

and learning [60]. The serotonin1A receptor serves as an important target in the
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development of therapeutic agents for neuropsychiatric disorders. Agonists [4] and

antagonists [21] of the serotonin1A receptor represent major classes of molecules

with potential therapeutic effects in anxiety- or stress-related disorders. Mutant

(knockout) mice lacking the serotonin1A receptor exhibit enhanced anxiety-related

behavior and represent an important animal model for the analysis of complex traits

such as anxiety disorders and aggression in higher animals [17]. Work from

our laboratory has comprehensively shown that membrane cholesterol [64, 67,

70, 71, 87] and sphingolipids [38, 65, 90] are necessary for the function of the

serotonin1A receptor. In addition, the organization and dynamics of the receptor

have been shown to depend on membrane cholesterol [72], sphingolipids [13], and

the actin cytoskeleton [14].

3 A Novel Approach to Monitor Detergent Insolubility

of GPCRs

The contemporary model of biological membranes involves the concept of lateral

heterogeneities in the membrane, collectively termed as membrane domains.

Although the concept of membrane domains is not new [47], understanding of

the organization of such domains has considerably improved in the last two decades

due to huge advancements in fluorescence spectroscopy and microscopy. In

particular, the use of green fluorescent proteins (GFP) and its variants as reporter

molecules in the cellular milieu has allowed direct visualization of signaling and

real-time trafficking in live cells [19, 22, 23, 74, 93]. Such domains (sometimes

termed as “lipid rafts” [54]) are believed to be important for the maintenance of

membrane structure and function, although characterizing the spatiotemporal reso-

lution of these domains has proven to be challenging [11, 37]. These specialized

regions contribute to variable patchiness of the membrane and are enriched in

specific lipids and proteins. They are believed to facilitate cellular trafficking and

sorting [89], signal transduction [88], and pathogen entry [73, 79]. It is therefore

crucial to appreciate the dynamic organization of membrane-bound components to

understand cellular signaling [14, 37, 88].

Insolubility of membrane components in nonionic detergents such as Triton

X-100 at low temperature has been widely used as a biochemical criterion to

identify, isolate, and characterize membrane domains [6, 8, 31]. The tight acyl

chain packing in cholesterol-sphingolipid-rich membrane regions is believed to

provide detergent resistance to these regions (referred as detergent-resistant

membranes (DRMs)) enriched in these lipids and to the proteins which reside in

them [85]. Interestingly, resistance to detergent extraction continues to be a major

tool to monitor membrane domains in spite of concerns of membrane perturbation

due to the use of detergents [28].

Proteins in DRMs are generally detected either by immunoblotting or ligand

binding. Unfortunately, these approaches are found to be not suitable when ligand
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binding of the protein is compromised in presence of detergent [2] or is limited by

availability of antibodies with high specificity [99]. The use of GFP technology

offers an alternative approach that can overcome these limitations. Using GFP

fluorescence, detergent insolubility of the serotonin1A receptor has been directly

determined [42, 43]. This approach relies on quantitation of integrated fluorescence

intensity of membrane proteins in live cells (using the linear range, avoiding

saturation of the detection system (photomultiplier tube)) before and after detergent

treatment (see Fig. 1). Utilizing this GFP-based approach, it was found that ~26 %

of serotonin1A-EYFP receptors were localized in DRMs [42]. These results imply

that the domain organization of serotonin1A receptors is heterogeneous and only a

small (~26 %) population of receptors resides in DRMs. The validation of this

approach came from later studies utilizingWestern blot and copatching [78, 82] and

a detergent-free approach [45].

Importantly, this method can be used in exploring membrane localization of any

membrane protein, suitably tagged with GFP or its variants. Interestingly, this

method has the potential to be used in large-scale screening of detergent insolubility

of membrane proteins and receptors by monitoring insolubility of the fluorescently

tagged protein by automated fluorescence imaging system capable of handling

multiple samples.

4 Z-Scanning FCS: Exploring Confined Receptor Dynamics

Fluorescence correlation spectroscopy (FCS) represents a powerful and sensitive

technique for measuring molecular diffusion [26]. In this approach, the small

spontaneous fluctuations in fluorescence intensity due to diffusion of fluorophores

into and out of an open confocal volume are monitored. The resultant autocorrela-

tion function contains information on diffusion coefficient and number of particles

Fig. 1 Detergent insolubility of the serotonin1A receptor tagged to EYFP in CHO cells. Cells

stably expressing serotonin1A receptors tagged to EYFP are shown (a) before and (b) after

treatment with cold Triton X-100 (0.05 %, w/v). The images represent combined midplane

confocal sections of the same group of cells before and after detergent extraction. The scale bar

represents 10 mm. Reproduced from [42]. See [42] for details
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in the sampling volume. However, single point FCS measurements could result in

inaccurate estimation of diffusion parameters in case of membrane-bound

molecules. This is due to the fact that the dimension of the membrane bilayer

(~5 nm thick) is about three orders of magnitude smaller than that of the diffraction-

limited spot size along the optic axis (~1 mm), which is typical axial length in FCS

measurements [30]. This problem can be avoided in a variation of the FCS

measurement, termed as z-scanning FCS (zFCS). In zFCS, the uncertainty in the

positioning of the focused beam is avoided by a scan along the z-axis (z-scan) in

which the diffusion times are determined in steps as the z-axis is scanned in small

increments ([3, 11, 27, 35]; see left panel, Fig. 2a). Since the time taken to diffuse

through a circular area (beam spot) scales with the square of the radius, the

characteristic diffusion time (tD) for zFCS measurements is related to the projected

area illuminated by the diffraction-limited spot on the plane of the plasma mem-

brane (see right panel, Fig. 2a). A plot of diffusion time versus transverse area of the

confocal volume yields the “FCS diffusion laws” that give information on the

organization at submicron level (such as confinement and/or partitioning) of

the diffusing species ([51, 95]; see Fig. 2b). According to FCS diffusion laws, the

linear fit of data when extrapolated to zero spot width provides information on the

nature of confinement experienced by the diffusing molecule. In case of free

diffusion, the intercept is close to zero. In cases where the diffusing species

experiences confinement, a negative intercept is obtained (Fig. 2b).

In a recent work, we combined the principle of zFCS and FCS diffusion laws to

address the organization and confined dynamics of the serotonin1A receptor in live

cell membranes [11]. Our results showed that a fluorescently labeled phospholipid

(Bodipy-FL PC) exhibited free, Brownian diffusion in the membrane, as evident

from zero intercept (left panel, Fig. 2b). In contrast, the serotonin1A receptor

displayed confined diffusion, as apparent from the negative intercept of the plot

of tD versus Dz2 for control cells (right panel, Fig. 2b). The typical dependence of
diffusion time for the serotonin1A receptor on the position of the focus on the z-axis

under conditions of increasing actin destabilization is shown in Fig. 3a and c. Based

on our previous work in which we observed an increase in receptor mobile fraction

upon actin destabilization [14], the apparent confinement exhibited by the

serotonin1A receptor in zFCS measurements could be due to the actin cytoskeleton

network. This was confirmed when the receptor confinement was found to be

progressively reduced (evident from a reduction in negative intercept, see Fig. 3b

and d) upon treatment with increasing concentrations of cytochalasin D, which acts

as a potent inhibitor of actin polymerization. We envisage that combined applica-

tion of zFCS and the FCS diffusion laws could be a powerful tool to explore

membrane heterogeneity at the submicron level.
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5 Quantitation of Actin Reorganization

The actin cytoskeleton is involved in a multitude of cellular responses besides

providing structural support. We have previously reported that the mobility and

oligomerization of serotonin1A receptors are regulated by the integrity of actin

a

b
Bodipy-FL PC
(free diffusion)

Serotonin
1A

receptor

(restricted diffusion)

Fig. 2 Principle of z-scanning FCS (zFCS) and the application of FCS diffusion laws.

(a) A schematic representation of the illumination profile in zFCS and the dependence of lateral

diffusion time on the z position of the focus. The z-axis depicted in the figure (blue dotted arrow) is
the optic axis (perpendicular to the image plane). The focus of the diffraction-limited illumination

profile of the laser spot is moved in incremental steps (marked by arbitrary z positions) along the

z-axis resulting in a parabolic scaling of the projected area. A region of interest can therefore be

probed at increasing length scales. This allows probing the plasma membrane conveniently when

fluorescence is predominantly originating from this region. Because the time taken to diffuse

through a circular area should scale with the square of the radius, the characteristic diffusion time

(tD) for zFCS measurements is related to the projected area illuminated by the diffraction-limited

spot on the plane of the plasma membrane (shown in panel on right). (b) Representative plots of
lateral diffusion time versus Dz2 (FCS diffusion laws) for a freely diffusing phospholipid (Bodipy-

FL PC) and the serotonin1A receptor with restricted diffusion in the plasma membrane are shown.

The 95 % confidence interval (green dashed line) and 95 % prediction band (blue dotted line) for
the fitted data are also shown. Note that Bodipy-FL PC exhibits free, Brownian diffusion in the

membrane, as apparent from zero intercept (left panel). On the other hand, the serotonin1A receptor

displays confined diffusion, evident from the negative intercept of the plot (right panel). Adapted
and modified from [11]. See text and [11] for more details
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cytoskeleton meshwork [11, 12, 14, 16]. Our results showed an enhanced signaling

efficiency of the serotonin1A receptor upon actin cytoskeleton destabilization. In

addition, the mobility of the serotonin1A receptor in the plasma membrane was

found to be strongly correlated with its signaling efficiency, thereby implying that

the actin cytoskeleton could play a regulatory role in receptor signaling [14].

Interestingly, while the role of the actin cytoskeleton in cellular processes such as

trafficking and motility has been studied [40], the reorganization of the actin

cytoskeleton upon GPCR signaling has been rarely addressed. It is therefore

important to develop approaches to estimate cellular actin and its modulation

upon signaling.
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Fig. 3 Monitoring the role of actin cytoskeleton on the dynamics of serotonin1A-EYFP receptors

using zFCS. The actin cytoskeleton is destabilized utilizing cytochalasin D. Panels (a) and

(c) show the dependence of lateral diffusion time for serotonin1A-EYFP receptors on the z position

of the focus, upon treatment with 5 and 10 mM cytochalasin D, respectively. Panels (b) and

(d) show the corresponding plots of lateral diffusion time versus Dz2 for data shown in panels (a)

and (c). Data points were fitted to a straight line (shown as red solid line) and extrapolated to

determine the intercept. The green dashed line shows 95 % confidence interval, and the blue dotted

line shows 95 % prediction band for the fitted data. Reproduced from [11]. See text and [11] for

more details
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Actin is one of the most abundant cytosolic proteins in eukaryotic cells and exists

in both monomeric (globular or G-actin) and polymeric (filamentous or F-actin)

forms. F-actin is maintained in cells in dynamic equilibrium with soluble G-actin.

The extent of actin polymerization and depolymerization (actin reorganization) is

orchestrated by a number of actin-binding proteins in response to a variety of

stimuli [9]. Such reorganization offers a mechanism in which dynamic changes

in the actin cytoskeleton could act as a transducer in communicating signaling

transients. However, study of actin reorganization in cells is limited due to lack

of methods to monitor reorganization in a quantitative fashion. Toward this

effect, we recently developed an advanced microscopy-based image reconstruction

technique to quantitatively monitor changes in the actin cytoskeletal network.

This technique is based on high-magnification imaging, followed by image recon-

struction [15]. Multiple sections (z-scans) of images acquired at high (63x) magnifi-

cation were selected from the base of the cells, and an iso-surface (i.e., a contour

made upon joining voxels of equal fluorescence intensity) of selected sections is

generated. The best estimate of total volume enclosed by the iso-surface was obtained

by normalizing it to the projected area of the cells in the given field. The major

advantage of this approach using high-magnification imaging, over other methods

using low-magnification imaging, is its dynamic range and overall reproducibility.

We utilized this technique in order to quantitatively estimate actin reorganiza-

tion. To validate this approach, the reorganization of actin in cells treated with

various actin-reorganizing agents such as cytochalasin D, latrunculin A, and

jasplakinolide was quantitated (see Fig. 4). Alexa Fluor 546-phalloidin was used

to stain the actin cytoskeleton. To obtain a quantitative measure of actin reorga-

nization, iso-surfaces of the same selection of sections were generated and

the corresponding iso-surface images are shown in Fig. 5a–d. Figure 5e shows

the total volume enclosed by the iso-surface, normalized to the projected area of the

cells, which provides the best estimate of changes in F-actin content under different

treatment conditions. As evident from the figure, latrunculin A and cytochalasin D,

known to induce F-actin depolymerization, show reduction in the normalized

volume of F-actin over control levels. Jasplakinolide, on the other hand, known

to induce F-actin formation, shows an increase in F-actin over control [15]. These

results confirm the reliability of this method for quantitation of actin reorganization.

As mentioned earlier, we have previously reported that upon actin cytoskeleton

destabilization, the signaling efficiency of the serotonin1A receptor is enhanced

along with a correlated increase in its lateral mobility (i.e., mobile fraction) [14].

Interestingly, we also observed an increase in receptor mobility upon increasing

cellular cAMP levels by directly activating adenylyl cyclase, implying a possible

reorganization of the actin cytoskeleton with changes in cAMP level. In addition,

cAMP/PKA signaling is known to induce significant changes in cellular architec-

ture [32]. However, the role of cAMP/PKA-mediated reorganization of the actin

cytoskeleton upon GPCR signaling has not been explored. To address such possi-

bility of cytoskeletal reorganization upon GPCR signaling, we monitored the effect

of serotonin1A receptor signaling on the actin cytoskeleton organization [15]. The

serotonin1A receptor signals via Gai-mediated inhibition of adenylyl cyclase,
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resulting in the lowering of cAMP level and consequent downstream signaling

[75, 77]. Our results showed that upon treatment of cells with forskolin, a direct

activator of adenylyl cyclase resulted in elevated levels of cAMP, which in turn led

to a reduction of F-actin. Interestingly, treatment with H-89, an inhibitor of PKA,

rescued F-actin depolymerization to a large extent. These observations suggested

that elevated cAMP levels result in actin depolymerization, mediated by activation

of PKA. Our results further showed that stimulation of cells with serotonin led to an

increase in F-actin compared to control cells. Importantly, the reduction of F-actin

brought about by stimulation of cells with forskolin was recovered upon treatment

of cells with forskolin in the presence of serotonin. Overall, our results showed that

the serotonin1A receptor signaling led to increase in F-actin content (actin reorga-

nization) via PKA-mediated pathway. Importantly, these results highlight the

possibility of a vice versa control mechanism of receptor signaling and actin

reorganization upon each other. Our approach could be utilized to quantitate actin

reorganization upon signaling by other membrane receptors, which could give

better insight into involvement of these receptors in several cellular processes in

which actin reorganization has been predicted and/or reported.

Fig. 4 Visualization of the organization of actin cytoskeleton upon treatment with actin-

reorganizing agents in CHO cells. Alexa Fluor 546-phalloidin was used to stain the actin

cytoskeleton, and a projection of 10–12 sections from the base (~3 mm from the coverslip into

the cell) is shown. Projected images for cells treated with (a) DMSO, (b) cytochalasin D,

(c) latrunculin A, and (d) jasplakinolide are shown. The scale bar represents 20 mm. Reproduced

from [15]. See [15] for more details
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Fig. 5 Quantitation of F-actin from the iso-surfaces generated using the IsoSurface tool in Imaris.

Iso-surfaces of the same selection of sections as shown in Fig. 4 were generated. The volume formed

by the generated iso-surface to the projected area of cells in the field is then normalized using software

provided with LSM 510 Meta confocal microscope. The iso-surface images of cells treated with

(a) DMSO, (b) cytochalasin D, (c) latrunculin A, and (d) jasplakinolide are shown. Panel (e) shows the

quantitation of F-actin. Reproduced from [15]. See [15] for more details
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6 GPCR Oligomerization

GPCR oligomerization is an interesting and exciting aspect of contemporary recep-

tor biology since it is believed to be an important determinant for cellular signaling

[58, 86]. Such oligomerization is implicated in proper folding of receptors, thereby

providing the framework for efficient and controlled signal transduction. The

potential implications of such oligomerization are far reaching, specially keeping

in mind the role of GPCRs as major drug targets [20]. Evidence of GPCR dimers or

higher-order oligomers has been recently reported [1, 12, 48, 66, 96] and implicated

in receptor trafficking, signaling, and pharmacology. Interestingly, oligomerization

of certain GPCRs has been shown to be constitutive [12, 24].

Oligomerization of GPCRs in live cell membranes has been studied mostly by

utilizing fluorescence-based resonance energy transfer methods such as hetero-

FRET (FRET between two different fluorophores) and bioluminescence resonance

energy transfer [55]. The major inherent complications of hetero-FRET mea-

surements arise from the use of receptors conjugated to two different probes and

a lack of control in their relative expression levels [39, 57]. Homo-FRET (FRET

between two identical fluorophores) is a simpler variant of energy transfer because

it takes place between like fluorophores and therefore requires only a single type of

fluorophore. Fluorophores with a relatively small Stokes’ shift will have a greater

probability of undergoing homo-FRET. In addition, homo-FRET measurements

can provide an estimate of higher-order oligomerization [81, 97], which is a serious

limitation with hetero-FRET measurements. This becomes crucial particularly in

the microheterogeneous membrane environment where multiple types of oligo-

meric clusters can coexist. Importantly, homo-FRET is manifested by a reduction in

fluorescence anisotropy, a parameter that is largely independent of the concentra-

tion of fluorophores [92]. Homo-FRET leads to depolarization of the emission

because of the lack of correlation between the orientation of the initially

photoselected donor and the secondarily excited molecules [52].

6.1 Monitoring Receptor Oligomerization Utilizing Homo-FRET

In view of the advantages of homo-FRET, we utilized this approach to explore the

oligomerization state of the serotonin1A receptor [12]. Homo-FRET was monitored

by the increase in fluorescence anisotropy upon progressive photobleaching of the

receptor, in which fluorescence depolarization due to energy transfer is prevented

by photobleaching of FRET acceptors [94]. Our results showed that the initial

anisotropy of serotonin1A-EYFP receptors in control cells is significantly low

(~0.22) compared to the fundamental anisotropy (ro) of EYFP (0.38) (see

Fig. 6a). The observed depolarization of emission has been attributed to energy
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transfer (homo-FRET) between oligomers of the receptor molecules. Figure 6a

shows that there is a steady increase in fluorescence anisotropy of serotonin1A-

EYFP receptors with progressive photobleaching, which is expected for a system

undergoing homo-FRET.

Fig. 6 Exploring receptor oligomerization utilizing homo-FRET. (a) Receptor oligomerization is

monitored by increase in fluorescence anisotropy upon photobleaching of serotonin1A-EYFP

receptors under various conditions. Anisotropies corrected for microscopic aperture-induced

depolarization upon photobleaching are shown for untreated cells ( , black) and cells treated

with the agonist serotonin (~, red), the antagonist p-MPPI (▾, cyan), cytochalasin D ( , blue),
and MbCD ( , green). Membrane cholesterol was depleted using methyl-b-cyclodextrin (MbCD)
and actin cytoskeleton destabilization is achieved by cytochalasin D treatment. (b) Simulation of

the enhancement in fluorescence anisotropy upon progressive photobleaching for a population of

homogeneous oligomers containing N subunits. N-values correspond to 1 (monomer, red _______),

2 (dimer, light green ‐‐‐‐‐‐), 3 (trimer, blue –– - - ––), and 4 (tetramer, deep green –– - ––). The

extrapolated anisotropies derived from initial points corresponding to fractional bleaching (<0.3)

in the case of trimer and tetramer are also shown (. . .) (c) Difference between the extrapolated

anisotropy (extrapolated to complete photobleaching) and the predicted anisotropy of serotonin1A-

EYFP receptors under various treatment conditions. The extrapolated anisotropy is estimated from

a linear fit of the photobleaching data shown in panel (a). The magnitude of deviation provides a

measure of the extent of oligomerization. Reproduced from [12]. See text and [12] for more details
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We utilized a previously developed theoretical formalism for deducing the type

of oligomers from such anisotropy enhancement upon photobleaching data [97].

This formalism relies on the difference between the extrapolated and predicted

(0.38) anisotropy values at 100 % photobleaching limit for predicting oligomeric

state, with the larger the difference, the greater the fraction of higher-order

oligomers. In other words, with increasing oligomerization, the extrapolated anisot-

ropy shows higher deviation from the predicted anisotropy. The predicted variation

of fluorescence anisotropy with increased photobleaching for a homogeneous

distribution of monomers, dimers, trimers, and tetramers (assuming an anisotropy

of 0.38 for monomers) is shown in Fig. 6b. Due to experimental limitation of

achieving very high degree of fractional bleaching, we compared the linearly

extrapolated anisotropy with the predicted anisotropy to infer the presence of

higher-order oligomers (see Fig. 6b). Therefore, the oligomeric state and inherent

mobility of the serotonin1A-EYFP receptors in principle can be obtained by fitting

the anisotropy bleaching data to the theoretical formalism. On the basis of the

observed increase in fluorescence anisotropy upon progressive photobleaching

(Fig. 6a), and the analysis of data based on the difference between the extrapolated

anisotropy and the predicted anisotropy (Fig. 6c), we proposed the presence of

constitutive oligomers of the serotonin1A receptor [12].

Utilizing the same method, we further monitored the effect of membrane

cholesterol, actin cytoskeleton, and ligand stimulation on the oligomerization

state of the serotonin1A receptor. Our results showed that agonist (serotonin)

stimulation and actin cytoskeletal destabilization led to reduction in the initial

anisotropy and increase in the difference between the extrapolated anisotropy and

the predicted anisotropy compared to control conditions (Fig. 6c). This suggested

increased contribution from higher-order oligomers under these conditions. In

contrast, antagonist (p-MPPI) treatment and cholesterol depletion led to an increase

in initial anisotropy and reduction in the difference between the extrapolated

anisotropy and the predicted anisotropy than in control conditions (Fig. 6c).

These results indicate that antagonist treatment and cholesterol depletion effec-

tively reduced the population of higher-order oligomers.

Taken together, our results show the presence of constitutive oligomers of the

serotonin1A receptor and reorganization of higher-order oligomers in response to

ligand activation, membrane cholesterol depletion, and actin cytoskeleton destabi-

lization. This method could be applied to other membrane receptors to determine

their oligomeric state in native and in various conditions. Such knowledge of

receptor oligomerization state and reorganization under various pathophysiological

conditions assume greater significance in the pharmacology of GPCRs since oligo-

merization gives rise to pharmacological diversity [91], opening new avenues for

therapeutics.
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6.2 Quantitation of GPCR Oligomerization: Kinetics
and Equilibrium

In spite of significant enhancement of our understanding of receptor organization

and signaling, our present knowledge of cellular signal transduction events is

mostly qualitative in nature. Our lack of ability to predict time-dependent changes

in concentrations of important signaling molecules (such as receptors and effectors)

could be attributed to a lack of approaches for quantitative evaluation of such

parameters. A comprehensive understanding of signal transduction could be

accomplished by development of approaches for quantitation of time-dependent

number densities (concentrations) of key molecules involved in such processes.

Toward this effect, a recent work by Kasai et al. [48] addresses the issue of clear

differentiation and quantitation of monomer and dimer population of receptors in

living cells. In this study, the monomer and dimer receptor densities and the

dynamic equilibrium between receptor monomers and dimers were monitored in

case of a chemoattractant GPCR, the N-formyl peptide receptor (FPR). This was

achieved by use of a single fluorescent molecule imaging method taking care of the

fraction of molecules that actually fluoresce (labeling efficiency). In addition,

molecular level interactions of the receptors were detected by employing bimolec-

ular fluorescence complementation [23] at single-molecule level. Such robust

analysis allows determination of the actual number of monomers and dimers at

the plasma membrane of live cells and therefore the two-dimensional equilibrium

dissociation constant (2D-KD) for the dimers dissociating to monomers and the rate

constant for monomer association (ka) and the rate constant for dimer dissociation

(kd) (see Fig. 7). The analysis revealed that at physiological levels of receptor

expression, ~41 % of FPRs exist as dynamic (transient) dimers, and the remaining

Dynamic monomers Dynamic dimer

Off rate (k
d 

) 11.0 s-1

Two-dimensional equilibrium constant (2D-K
D 

)
3.6 copies/ µm2

On rate (k
a 

)
3.1 [copies/ µm2]-1s-1 

Fig. 7 Kinetics of GPCR oligomerization: dynamic monomer-dimer equilibrium of N-formyl

peptide receptor (FPR) along with kinetic parameters for two-dimensional equilibrium dissocia-

tion constant for the dimer (2D-KD), the rate constant for monomer association (ka), and the rate

constant for dimer dissociation (kd). Adapted and modified from [48]
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~59 % as dynamic monomers. The transience (lifetime) of these populations were

estimated to be ~91 and 150 ms for dimers and monomers, respectively. Interest-

ingly, the dynamic monomer-dimer equilibrium was found to be independent of

ligand stimulation.

The knowledge of receptor number density in various oligomeric states and the

parameters of receptor monomer-dimer dynamic equilibrium would help in better

and quantitative understanding of receptor organization at the plasma membrane.

This method, in principle, could be applied to other cell surface receptors to

determine the monomer and dimer concentrations and kinetic and equilibrium

parameters.

7 Conclusions and Future Perspectives

As mentioned earlier, GPCRs have emerged as major targets for the development of

novel drug candidates in all clinical areas [29, 84]. Interestingly, although GPCRs

represent ~50 % of present drug targets, only a small fraction of all GPCRs are

presently targeted by drugs [53]. This points out the exciting possibility that GPCRs

that are not recognized yet could be potential drug targets for diseases that are

difficult to treat by currently available drugs. Importantly, GPCR function and

signaling has been shown to depend on receptor organization [50, 63] and dynamics

[7, 14, 34, 41, 76]. In this scenario, it is crucial to understand the organization and

dynamics of GPCRs with respect to their signaling function. With progress in

knowledge on receptor organization and dynamics at increasing spatiotemporal

resolution [10], our overall understanding of GPCR function would improve signif-

icantly. This would enhance our ability to design better therapeutic strategies to

combat diseases related to malfunctioning of GPCRs.
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TNF Receptor Membrane Dynamics Studied

with Fluorescence Microscopy and Spectroscopy

Felix Neugart, Darius Widera, Barbara Kaltschmidt, Christian Kaltschmidt,

and Mike Heilemann

Abstract Sensitive fluorescence techniques opened novel opportunities to study

the function and interaction of proteins in living cells. Here, we review the

contribution of fluorescence correlation spectroscopy (FCS) and single-molecule

tracking to study the dynamics of TNF receptor 1 and 2 (TNFR1/2). Although these

techniques greatly differ, both report a similar behavior of TNF receptor (TNFR)

species in Hela cells under different experimental conditions. FCS as well as single-

molecule tracking revealed an increase of the diffusion coefficient of TNFR1 after

treating cells with methyl-cyclodextrin.

In addition, FCS studies of the activation of TNFR1 showed that ligand binding

hardly affects its diffusion coefficient.

In contrast, unstimulated TNFR2 was observed to diffuse faster than TNFR1,

whereas ligand stimulation of TNFR2 decreases the diffusion coefficient.

In conclusion, the results indicate that the two TNFRs compartmentalize in

distinct domains of the plasma membrane most likely determined by the respective

transmembrane domains and/or transmembrane domain near regions.
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1 Introduction

Signaling via tumor necrosis factor (TNF) plays an important role in the immune

system, for instance, regarding the regulation of innate immune responses and inflam-

mation. As known for many membrane receptors, the function of TNF receptors

(TNFRs) is closely related to their state of multimerization and interactions with

membrane micro-domains. Thus, investigating the molecular mechanism of TNFR-

activation, which in turn initiates further signaling cascades, requires studies in

living cells.

For many decades fluorescence microscopy has been a state-of-the-art method

to study such biomolecular dynamics in living cells. In particular, the availability

of fluorescent proteins, which can be genetically fused to any target protein and

expressed in a living cell, has paved the way for in vivo studies. The development

of advanced fluorescence spectroscopy and microscopy techniques allowed

studying even single, fluorescently labeled molecules [1], such that subpopulations

of biomolecules could be observed and heterogeneities can be resolved. These

developments made it possible to address the complexity of biological processes

such as signal transduction at the plasma membrane in much more detail.

In this article, we review recent work that used advanced fluorescence spectros-

copy and microscopy methods to study the dynamics of TNFR1 and TNFR2 in the

plasma membrane of living cells. Furthermore, underlining novel insights gained

by these methods, we summarize their potential impact on biology of TNFRs.
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2 TNFRs 1 and 2 and Their Dynamics, Association,

and Activation

Beside its very well-known role as a crucial mediator of inflammation, TNF

signaling has been described to have an impact on various pathological disease

symptoms like diabetes (type 2), heart failure, artheriosclerosis, tumorigenesis, and

tumor metastasis [2–4].

Themost prominent ligand of TNFRs, TNF-a has firstly been cloned, purified, and

characterized by Aggerwal’s group in 1984 [5, 6]. Since then, additional cytokines of

the TNF-superfamily have been identified, for example, CD95L, TRAIL, or RANKL.

Most of the ligands of the TNF-superfamily are type II transmembrane proteins. They

harbor the so-called TNF-homology domain in its c-terminal extracellular domain.

Importantly, membrane-bound homotrimeric TNF-superfamily members can be

cleaved by metalloproteinases of the ADAM-family resulting in the formation of

soluble TNFs. Remarkably, membrane-bound and soluble TNF do have nonoverlap-

ping capabilities to activate the two distinct TNFRs. The two ligand forms bind both

receptors, but soluble TNF can fully activate TNFR1 only, whereas the membrane-

bound form can activate both receptors (reviewed in [7]).

Most TNFR-superfamily members are transmembrane receptors containing

cytoplasmic, transmembrane, and extracellular domains and can be classified into

three groups based on their signaling properties and sequences.

The members of the first group, comprising Fas/CD95/ Apo1/APT1 and TNFR1

(p55/60; CD120a), contain a death domain (DD) in the cytoplasmic tail. The second

group, including TNFR2 (p75/80; CD120b), CD40, andCD27, is characterized by one

or more TRAF interacting motifs (TIM). Activation of these receptors results in

a recruitment of TRAF proteins and subsequent activation of multiple signal trans-

duction pathways such as Nuclear Factor-kappaB (NF-kB) [8, 9], p38 mitogen-

activated protein kinases (p38 MAPK), Jun N-terminal kinase (JNK, reviewed in

[10]), and RhoGTPases [11]. In contrast to the first and second group, members of the

third group consisting of human TRAIL-R3, TRAIL-R4 and OPG, have no functional

intracellular signaling domains or motifs or exist as soluble proteins. Remarkably,

none of the mammalian TNFRs and further TNFR-superfamily members have

enzymatic activity itself.

The classic activation model proposes that binding of the ligand induces

trimerization of TNFRs (Fig. 1). However, in their extracellular part, TNFR1 and

TNFR2 contain both the so-called pre–ligand binding assembly domain (PLAD)

which has been shown to be necessary for signal initiation after binding of the

ligand without being directly in contact with the latter.

Recent evidence suggests that TNFRs may pre-assemble via their PLADs and

form oligomers at the plasma membrane.

Importantly, most of themodels for assembly of TNFRs are based on experimental

data obtained using classic biochemical methods like Western blotting in cell lysates

or fixed cells. These methods naturally drastically impact the natural environment of

the membrane receptors and cannot avoid producing artifacts, such that until now, the

question of pre- or post-ligand oligomerization remains unsolved.
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Besides the molecular interaction-driven trimerization, several reports suggested

that membrane micro-domains and, therefore, the spatial distribution of TNFRs at

the plasma membrane may have a tremendous impact on downstream signaling

pathways. Consequently, it has been reported that after ligand binding, TNFR1/TNF

complexes can translocate into membrane micro-domains and that an inhibition of

this process can switch the signaling from anti-apoptotic NF-kB activation to the

pro-apoptotic signaling [12]. A contrary mechanism was reported by Doan et al. in a

myeloid cell line [13]. In this study, membrane micro-domains were crucial for the

activation of p42MAPK, but not for the NF-kB signaling, whereas in human airway

Fig. 1 Classic model for TNF-a induced signaling. Activation of the TNFR by the ligand binding

leads to multimerization of the monomeric TNFRs 1 and/or 2 and subsequent recruitment of

adapter proteins such as TRADD, FADD, RIP, and TRAF2. Depending on the adapter, the binding

of TNF leads either to activation of Procaspase 8, resulting in apoptosis, or to signal transmission

to the IKK complex which mediates NF-kB signaling. IKKs phosphorylate IkB family inhibitory

molecules targeting IkB for degradation within the 26 S proteasome and frees the nuclear

localization signal on the DNA-binding NF-kB subunits p65/p50. After nuclear import, target

gene transcription is initiated leading to survival of the cell
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smooth muscle cells, activation of RhoA, but neither of MAPK nor NF-kB,
was micro-domain dependant [14]. Importantly, recruitment of receptors to

micro-domains may lead to the formation of large receptor clusters and favor

multimerization. However, the size of micro-domains (~5–200 nm) is in general

below the diffraction limit of classic light microscopy making them only visible

using modern super-resolution techniques [15]. A further degree of complexity is

provided by the fact that plasma membrane–anchored proteins can be transiently

trapped in cholesterol-mediatedmolecular complexes resulting in a dynamic steady-

state system including assembly and disassembly of receptor clusters [16].

Thus the imaging of receptor clustering should be performed ideally in living

cells, since not only the lateral organization of the TNFRs (TNFR clusters and their

size), but also its long- and short-term dynamics may be vital for the signaling

process. Furthermore, the association of TNFRs on the plasma membrane can

change rapidly in response to ligand binding, i.e., the oligomerization and potential

interactions with plasma membrane micro-domains.

Modern fluorescence spectroscopy and super-resolution microscopy with single-

molecule resolution provide for the first time the possibility to address the important

questions of the biological impact of the assembly of the TNFRs (oligomerization),

their association with membrane micro-domains, and the receptor dynamics before

and after ligand binding (Fig. 2). Each of the methods has its particular strengths,

which are discussed in the following and may provide data potentially extending

existing models concerning the complex TNF signaling network.

Fig. 2 Potential influence of ligand binding on multimerization and dynamics of TNFRs. In the

classic view, the binding of TNF-a leads to trimerization of monomeric TNFRs. However, ligand

binding may also lead to recruitment of TNFRs into plasma membrane micro-domains and

formation of large, multimeric TNFR clusters. Such receptor-trapping within micro-domains

may have tremendous impact on the signaling. Since these clustering events occur at spatial scales

which are below the diffraction limit of classic light microscopy, super-resolution microscopy may

provide helpful insights into this phenomenon. Furthermore, multimerization affects also the

dynamics of receptors within the membrane which can be sophisticatedly investigated by experi-

mental techniques such as FCS and sptPALM
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3 Investigation of Membrane Protein Dynamics

with Fluorescence microscopy

Among all the applicable methods to study the dynamics of membrane proteins,

fluorescence recovery after photo bleaching (FRAP) is the most commonly used

one (Fig. 3a–c). Using FRAP, not only the distribution of the observed parameter

(e.g., the diffusion coefficient) is averaged but also its spatial distribution within the

size of the region of interest. Moreover, FRAP is useful to determine the diffusion

coefficient of fluorescent particles but requires homogenous environment with a

unique diffusion behavior. However, the evaluation of proteins with an inhomoge-

neous diffusion behavior is only accessible by detailed modeling and impossible if

there is no detailed knowledge about the underlying diffusion model [17].

Fluorescence correlation spectroscopy (FCS) (Fig. 3d–f) is a powerful method to

measure the diffusion of a target molecule using confocal microscopy within a small

volume of about 1 fl. [18]. In contrast to FRAP, FCS strongly reduces spatial averaging

and gives access to the stoichiometry of biomolecular complexes via an analysis of the

photon counting histogram (PCH) [19, 20]. The interpretation of experimental data

obtained by FCS is less model dependent compared to FRAP and allows a direct

extraction of the diffusion coefficient. Among different modifications and extensions

of the original principle of FCS, fluorescence cross correlation spectroscopy (FCCS)

Fig. 3 (a) High-intensity illumination causes photo-bleaching of fluorophores in a region of

interest (ROI). (b) After photoleaching, fluorophores outside the ROI will translocate into the

ROI by diffusion or transport processes. Moderate illumination shows the recovery of fluorescence

in the ROI. (c) The evaluation of the recovery of the mean fluorescence intensity of the ROI gives

model-dependent information of the diffusion behavior of the fluorescent proteins. (d) A confocal

spot illuminates a small region of the plasma membrane. (e) When a fluorescent molecule diffuses

through the confocal volume, observed fluorescence signal can be detected. (f) A second-order

autocorrelation function is calculated from the fluorescence time trace and provides the mean

diffusion coefficient and concentration of fluorophores
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provides additional information on binding characteristics of differently labeled

proteins or on the stoichiometry of heteromolecular complexes [21, 22].

A third approach – single-molecule tracking – enables to follow the fate of

individual biomolecules. While bulk measurements only provide average values

based on many events, single-molecule measurements can resolve subpopulations

and heterogeneities in populations. This is of particular advantage when analyzing

biological observables, which are in general inhomogeneously distributed. Con-

comitantly, single-molecule experiments bypass the need to synchronize biological

processes, which is necessary to extract mechanistic subpopulations otherwise

averaged over time [23, 24].

In summary, the analysis of single-molecule distributions often provides

a deeper insight into mechanisms of membrane protein dynamics. In this regard,

we outline in the following the current research on the dynamics of TNFR1 and

TNFR2 via FCS and sptPALM.

4 Fluorescence Correlation Spectroscopy (FCS) Reveals

Topological Segregation of TNFR1 and TNFR2

Fluorescence correlation spectroscopy (FCS) analyzes information of the statistical

fluctuation of the fluorescence intensity of a system in equilibrium. Remarkably, a

high numerical aperture confocal microscope can reach a focal volume of less than

1 fl. Using FCS, the modulation of the number of fluorescent molecules diffusing

through such small confocal volume can be analyzed via a second-order autocorrela-

tion function (Fig. 3d–f) [18].

Observables from FCS measurements are the time-averaged diffusion coefficient

and the time-averaged number of diffusing particles with respect to the observation

volume. Additional information can be obtained from photon counting histogram

(PCH) analysis, which provides information on the distribution of particle brightness,

i.e., the number of fluorophores (e.g., proteins) within a diffusing particle (e.g.,

cluster). Moreover, a series of FCS measurements access not only the evolution of

the dynamical behavior but also changes of concentration and stoichiometry of the

particle of interest [19, 20].

4.1 Diffusion of TNFR1 and TNFR2

In a recent study, we investigated the dynamics of TNFR1- and TNFR2-GFP

fusion-proteins in the plasma membrane via FCS measurements [25]. While

TNFR2 shows a narrow, homogenous, and relatively fast distribution of diffusion

coefficient (average value ¼ 0.31 mm2/s), TNFR1 was significantly slower and the

distribution of its diffusion coefficient spread over a significantly broader range
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(average value ¼ 0.12 mm2/s) (data taken from [25]). Stimulation of TNFR2 with

recombinant human soluble TNF (sTNF) prolonged the diffusion of the receptor

and led to a diffusion behavior similar to that of TNFR1. In contrast, the diffusion of

TNFR1 shows no significant changes due to stimulation with TNF (see Fig. 4,

modified after [25]).

4.2 Investigation of the Underlying Mechanisms

Importantly, interactions with intracellular compartments such as the cytoskeleton

may cause a hindering of the diffusion of transmembrane proteins. To address the

impact of this fact on the diffusion of TNFRs, further experiments were performed

Fig. 4 HeLa cells were transiently transfected with pTNFR1D42-EGFP and pTNFR2-EGFP,

respectively. Cells were stimulated by the addition of 100 ng/ml sTNF (a and c) or TNFR2-

selective CysTNFR2 (b and d). The diffusion coefficients were calculated from the autocorrelation

curves generated from the FCS measurements. (a) Sketch of TNFR1 diffusion (relatively slow)

through the plasma membrane, (b) Sketch of unstimulated TNFR2 diffuses (relatively fast) and

stimulated TNFR2 (relatively slow). (c) Distribution of diffusion coefficients for TNFR1D42-
EGFP before (gray bars) and 60 min after stimulation (hatched bars). (d) Distribution of diffusion
coefficients for TNFR2-EGFP before (gray bars) and 30 min after stimulation (hatched bars)
(Adapted from [25])
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using mutants of TNFR1 and TNFR2 lacking the intracellular domain [25]. Inter-

estingly, neither this approach nor the disruption of actin filaments by cytochalasin

D treatment led to a significant difference in diffusion behavior of TNFR1/TNFR2.

One possible reason for the slow diffusion of TNFR1 may be an aggregation of

membrane proteins. To address this question, PCH-analysis was used to evaluate

the number of fluorescent proteins in a single diffusing compartment. However, the

relatively low intensity maximum in bursts of fluorescence did not indicate for

clustering. Moreover, PCH-analysis confirmed this observation quantitatively

(Fig. 5a–c, modified after [25]).

To further investigate the association of TNFR1 and TNFR2 to cholesterol-rich

membrane micro-domains, cells were treated with methyl-b-cyclodextrine
(MbCD), which is known to deplete cholesterol from the plasma membrane. FCS

measurements of MbCD-treated cells showed an increased diffusion coefficient of

Fig. 5 (a) Evaluation of TNFR2-EGFP fluorescence intensity after stimulation. (a and b) Typical

examples of fluorescence fluctuations of TNFR2-EGFP before (a) and 20 min after stimulation

(b) with CysTNFR2 (100 ng/ml) in HeLa cells transiently transfected with pTNFR2-EGFP. Every

spike in the trace represents a single entity. (c) Photon counting histograms of TNFR2-EGFP

before (black crosses), after stimulation (red crosses), simulated monomer (blue), simulated dimer

(green), and trimer (orange). D-F. Effects of cholesterol depletion on the dynamics of TNFR

diffusion. Distribution of the diffusion coefficients of TNFR1D42-EGFP (d) and TNFR2-EGFP

(e and f), transiently expressed in HeLa cells. (d) Cells were left untreated (red bars) or had been

pre-treated with 1 mM MbCD for 40 min (green bars) or 120 min (blue bars). About 100
measurements for each data set were recorded at different positions in the plasma membrane of

more than 25 cells. (e) Cells were left unstimulated (red bars) or were stimulated with CysTNFR2
(100 ng/ml) for 30 min. (f) HeLa cells transiently expressing TNFR2-EGFP had been pretreated

with 1 mMMbCD for 30 min and FCSmeasurements were performed immediately after (red bars)
or upon stimulation with CysTNFR2 (100 ng/ml) for 30 min (Adapted from [25])
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TNFR1, whereas further treatment with TNF resulted in no significant changes. In

contrast, FCS measurements of TNFR2 after MbCD-treatment showed no significant

difference to untreated cells, neither before nor after stimulation with TNF. This

observation provides strong evidence for localization of TNFR1 within cholesterol-

rich micro-domains. As these domains are expected to be smaller than the diffraction

limit, FCS measurements are expected to measure the slow diffusion of the entire

domain with respect to the confocal volume. TNFR2, contrariwise, seems not to be

associated with membrane micro-domains (Fig. 5d–f, data from [25]).

We conclude from these measurements that the two TNFRs are compartment-

alized in distinct domains of the plasma membrane [25]. This compartmentalization

might be determined by the respective transmembrane domains and/or transmem-

brane domain near regions.

5 Single-Particle Tracking PALM of TNFR1

5.1 Single-Particle Tracking

The idea of tracking single particles or molecules through scattering or fluorescence

is to extract information on the diffusion properties from single trajectories. In the

“classic” approach of single-molecule tracking of fluorescent species, a target mole-

cule is either co-expressed with a fluorescent protein or labeled with a synthetic

fluorophore or quantum dot [26]. Single fluorophores and fluorescent proteins are of

small size but limited in photostability, which limits the observation time. Quantum

dots allow long observation times, but the size of the label can influence the mobility

of the tagged biomolecule and also prevent its access to specific confined cellular

areas. The integration of a fluorescent protein requires co-expression and transfection

protocols which need to be adjusted to yield very low concentrations of molecules

(single-molecule density). Synthetic fluorophores or quantum dots require a chemical

labeling procedure that might induce artifacts, for example, by unspecific labeling.

From the trajectory of a single-molecule, the type of diffusion as well as the

diffusion coefficient can be extracted from mean square displacement (MSD)

analysis of single trajectories. However, for some experiments, the fact that both

the observation time and the number of events (single-molecules trajectories

available per cell) are limited might be of a disadvantage. This, in particular, is

the case if changes in dynamics of biomolecules are the subject of a study: this

typically requires that (1) the observation time is long enough to cover the whole

temporal feedback of a cellular response as well as (2) a sufficient number of events

is observed in order to generate a statistical robustness and to extract information on

subpopulations and heterogeneities [1].
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5.2 Single-Particle Tracking of Photoactivatable
Fluorescent Probes

To increase the number of events observed for a single living cell, the combination of

single-particle tracking and photoactivatable fluorescent proteins was introduced

(single-particle tracking photoactivated-localization microscopy, sptPALM) [27]. In

the original concept, a target molecule (e.g., a membrane receptor) is co-expressed

with a fluorescent protein which becomes fluorescent only after activation with light

(typically UV) (Fig. 6). Novel suitable fluorescent proteins for this purpose are

constantly developed and also used in related methods of super-resolution fluores-

cence microscopy [28]. The advantages of this approach are threefold. Firstly, the

co-expression of a fluorescent protein to a target molecule represents a stoichiometric

labeling, and can be combined with the generation of a stable (and eventually

inducible) cell line. Secondly, a large pool of non-activated fluorescent proteins are

available in a cell, and the read-out of a subset of molecules (and trajectories) can be

Fig. 6 Schematic representation of single-particle tracking with photoactivatable fluorescent

proteins. A target protein is genetically fused to a fluorescent protein which in the beginning of

the experiment is dark (top), and upon activation with light becomes fluorescent (bottom). Through
selective activation of only a subset of the fluorophores, single target proteins can be detected and

tracked. The large pool of “silent” (i.e., initially non-fluorescent) fluorophores allows continuous

activation and observation of target proteins, over extended experimental time and in response to

external stimuli
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controlled and adjusted by the irradiation intensity of the photoactivation light source

(Fig. 6). Different to classic single-molecule tracking where only a small number

of single molecules can be followed (for a limited time), this approach allows to

obtain a much larger number and provides a significantly better statistics (Fig. 6).

This becomes in particular important to study heterogeneities or subpopulations of

biomolecules which are inherent to biological systems [1]. Third, this technology

paves way to study the dynamics of a biomolecule with respect to an external

stimulus. This makes it, in particular, useful for studies of signaling molecules such

as membrane receptors which in many cases change their dynamical behavior upon

initiation by a ligand. Observation times of 30 min or more are possible on

microscopes appropriate for live cell imaging.

5.3 sptPALM of TNFR1

In order to study the dynamics of TNFR1 with sptPALM in living cells, the receptor

needs to be conjugated to a photoactivatable fluorescent protein such as tdEos [29].

tdEos belongs to the class of fluorescent proteins which change their fluorescence

emission spectrum upon photoactivation (sometimes referred to as photoconversion)

with UV light. In the native form, tdEos has a maximum of fluorescence emission at

516 nm, and in the photoconverted form, the maximum is at 582 nm.

The advantage of tdEos is that cells that were successfully transfected with

TNFR1-tdEos can be identified in a separate detection channel prior to the

experiment.

In the actual experiment, a subset of TNFR1-tdEos is activated using low-

intensity irradiation with a UV light source. The fluorescence signal of activated

TNFR1-tdEos is read out using 568 nm laser light. Individual single-molecule

localizations are grouped into single-molecule trajectories using appropriate

spatiotemporal filtering. The trajectories are further analyzed by calculating the

mean square displacement (MSD) for each trajectory and plotting MSD over time

(Fig. 7). The initial slope of this plot is approximated with a linear fit, and the

diffusion coefficient is extracted.

In a recent study, we applied sptPALM to investigate the lateral dynamics of

TNFR1 in living cells under different experimental conditions [30]. In particular,

sptPALM measurement of TNFR1-tdEos in living Hela cells yielded an average

diffusion coefficient of 0.14 mm2/s [30], which is in good accordance with the

results obtained using FCS [25]. As a single-molecule approach, sptPALM provides

information on the dynamic properties (velocity, diffusion coefficient) at the single-

receptor level. Subpopulations of receptors, for example, slower receptor species

that are either engaged to membrane micro-domains or receptor multimers, can

readily be resolved from single-molecule histogram data (Fig. 8, modified after

[30]). Noticeably, the introduction of a photoactivatable probe significantly

increases the statistical level: whereas “classic” single-molecule tracking

experiments are limited in the number of proteins that can be observed and tracked
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at the same time (by the diffraction limit) [31], sptPALM bypasses this limit by

separating the observation in time. Typically, thousands of single-molecule

trajectories can be recorded (subject to expression level) with this strategy. In

addition, fast motion of proteins can be measured by adjusting a low density of

activated fluorophores and allowing for larger step sizes in the trajectories; these

events are typically not accessible with classic single-molecule tracking, and if so,

at the expense of the number of events that can be observed. As a whole-cell

approach with single-molecule resolution, sptPALM further offers the opportunity

to generate diffusion coefficient maps of an entire cell [32, 33].

Dynamic properties of membrane receptors depend on their membrane environ-

ment, for example, membrane micro-domains, and local heterogeneities can be

observed. As discussed earlier, FCS measurements have revealed a higher diffusion

coefficient if cholesterol was depleted from the membrane usingMbCD. This finding
could be corroborated with sptPALM. In addition, the single-molecule statistics can

be used to extract additional information on subpopulations and heterogeneities.

For “native” TNFR1-tdEos, we have observed that the distribution of diffusion

coefficients is rather broad and exhibits a shoulder of very slow receptor molecules,

ranging from 0.0001 to 0.01 mm2/s (Fig. 8, data from [30]). Upon addition of MbCD,

Fig. 7 Mean square displacement analysis of single trajectories. For each single trajectory (top),
the mean square displacement is calculated and plotted against time (bottom). The instantaneous
diffusion coefficient can be extracted from the slope of a linear fit to the first part of the plot
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the distribution of diffusion coefficients is less broad, and in addition, we observe a

decrease in this slow population (Fig. 8, data from [30]). This finding can be

interpreted as large receptor clusters that are nearly immobile and associated with

lipid micro-domains. Depletion of cholesterol changes the micro-architecture of the

membrane, with the consequence that (1) large and immobile clusters of receptors

disappear and (2) a population of fast receptor molecules appears. The average

diffusion coefficient, which notably cannot reveal subpopulations of receptor

molecules, increases from 0.14 (TNFR1-tdEos) to 0.20 mm2/s (TNFR1-tdEos þ
MbCD) (data from [30]). Importantly, the diffusion coefficient observed under

cholesterol depletion stays similarly constant over time as observed for native

TNFR1-tdEos (data from [30]).

6 Outlook

There has been considerable new information on association and activation of TNFRs

in fixed and living cells, generated from the toolbox of advanced fluorescence

methods. The technologies we introduce can similarly be used to investigate the

dynamics of other cell membrane receptors. Overall, we aimed to instruct how a

biological problem can be addressed by a careful choice of appropriate experimental

methods.

Fig. 8 Distribution of diffusion coefficients derived from single-molecule data of TNFR1-tdEos

and TNFR1-tdEos + MbCD (cholesterol depletion). The distribution is rather broad for TNFR1-

tdEos, and a population of slow receptor aggregates is apparent. Addition of MbCD leads to a

disappearance of this slow population (Data from [30])
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The approaches described in this chapter can be further extended. Fluorescence

cross-correlation spectroscopy (FCCS) [21, 22] is an additionally valuable tool that

can be used to study the association and dissociation, and has been used for other

biological systems [34]. Using this method, the endogenous receptor can be probed

in a similar way by a fluorophore-labeled ligand (TNF-a) [33] and binding events of
TNF-a with TNFRs can be detected. Importantly, nonspecific binding can be

separated from specific binding events profiting from the knowledge of TNFRs

mobility on the cell membrane that has been generated by FCS and sptPALM.

Finally, a clever combination of both approaches can probe activated and non-

activated receptors. Single-molecule photobleaching is a third possible route which

has been successfully used to study the dimerization of EGF receptor [35]. Such

approach can also be used to study the oligomerization of TNFRs and may help to

understand its dynamics.

In summary, modern fluorescence spectroscopy and super-resolution micros-

copy with single-molecule resolution are of great value for investigation of receptor

dynamics and oligomerization. Nevertheless, a number of biological questions on

the function of TNF receptors still remain unsolved. For example, it is still not

elucidated how many of the endogenous TNFRs are found as monomers, dimers,

trimers, or multimers on a cell membrane. For the future, we can also expect this

question to be addressed, as advanced fluorescence microscopy techniques may

overcome current limitations and provide more valuable insights into TNFR-

biology.
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HIV-1 Gag Directed Assembly of Retroviral

Particles Investigated by Quantitative

Fluorescence Imaging

Hugues de Rocquigny, Hocine Gacem, Pascal Didier, Jean-Luc Darlix,

and Yves Mély

Abstract HIV-1 particle assembly is driven by oligomerization of the Gag

polyprotein precursor in infected cells. Translation of the full-length viral RNA

results in the synthesis of large amounts of Gag molecules which oligomerize upon

the combined interactions of its C-terminal NC domain with the genomic RNA and

of its N-terminal myristate and matrix basic residues with cellular membranes. HIV

assembly has been studied during the past two decades mostly by means of

biochemical techniques on transfected or infected cells as well as in vitro using

purified Gag molecules. More recently, understanding the mechanisms of viral

assembly moved a big step forward due to the utilization of fluorescently labeled

viral proteins, notably Gag, and of fluorescent microscopy techniques able to track

single viral particles. In this chapter, we will summarize recent imaging data on

HIV-1 Gag assembly at the level of the plasma membrane where viral particles bud

in the form of cell-free viruses or can be transmitted to adjacent naı̈ve cells through

virological synapses.
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Université de Strasbourg, 74, Route du Rhin, 67401 ILLKIRCH Cedex, France

e-mail: hderocquigny@unistra.fr
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Abbreviations

CA Capsid

ESCRT Endosomal sorting complex required for transport

FCS Fluorescence correlation spectroscopy

FFS Fluorescence fluctuation spectroscopy

FlAsH 40,50-Bis(arsenoso)fluorescein
FLIM Fluorescence lifetime imaging microscopy

FRAP Fluorescence recovery after photobleaching

Gag Group-specific antigen

HIV Human immunodeficiency virus

IN Integrase

MA Matrix

MuLV Murine leukemia virus

NC Nucleocapsid

ORF Open reading frame

PM Plasma membrane

Pol Polymerase

PR Protease

ReAsH 40,50-Bis(arsenoso)resorufin
RNA Ribonucleic acid

RSV Rous sarcoma virus

RT Reverse transcriptase

TIRFM Total internal reflection fluorescence microscopy

TMgp41 Transmembrane glycoprotein 41

UTR Untranslated region

VLP Virus-like particles

Vpr Viral protein R

vRNP Viral ribonucleoparticle

VSV Vesicular stomatitis virus

1 Introduction

The human immunodeficiency virus type 1 (HIV-1) is the causative agent of AIDS

(acquired immunodeficiency syndrome) and belongs to the Lentivirus genus of the

retrovirus family. The spherical viral particle has a diameter of 100–120 nm with an

outer envelope originating from the lipid bilayer of the host cell membrane

(Fig. 1a). The two viral envelope glycoprotein subunits, namely, the surface

SUgp120 and the transmembrane TMgp41 proteins in the form of trimers, are

anchored in the virion envelope. SUgp120 interacts with the target cell receptors

while TMgp41 mediates the fusion of the infectious particle with the cell plasma

membrane. The inner virion structure is filled by the matrix protein (MAp17) and
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contains the capsid protein (CAp24) organized as a conical core that contains the

viral ribonucleoparticle (vRNP). This vRNP is composed of the positive sense

genomic RNA of 9.6 kbases, in a dimeric form, coated by about 1,400 to 2,000

nucleocapsid protein (NCp7) molecules together with viral protein R (Vpr)

molecules and the viral enzymes reverse transcriptase (RT), integrase (IN), and

protease (PR) [1].

As a matter of fact, viral particle assembly results from the initial oligomerization

of the newly made Gag and Gag-Pol polyprotein precursor molecules (Fig. 1b,

orange), resulting from the translation of the full-length viral RNA by the host cell

ribosome machinery [2]. As a consequence of their accumulation in the cytoplasm,

Gag and Gag-Pol polyproteins tend to self-assemble [3]. Actually, the accepted

scheme for HIV-1 Gag assembly stipulates that two platforms are driving Gag

oligomerization, namely, an RNA platform recruiting Gag via NC-RNA interactions

and a second one corresponding to a lipid membrane targeted by the N-terminal

myristate and basic residues of Gag-MA [4, 5]. In this context, a major element that

orchestrates the correct Gag oligomerization is the capsid (CA) domain as it can form

series of hexameric rings connected to each other [6] (and ref in [7]). Another driving

Gag assembly element is the nucleocapsid domain (NC) that contributes to Gag

oligomerization [8]. During the assembly process, small nascent Gag oligomers are

first formed in the cytoplasm [9, 10], which causes a conformational change of MA

exposing the N-terminal hydrophobic myristate (myristyl switch). This in turn targets

the Gag oligomers to the plasmamembrane (PM) [11–14]. The PM anchorage of Gag

is stabilized by specific interactions of the MA basic region HBR with PI(4,5)P2

[15, 16], a component of the PM intracytoplasmic leaflet [17–20]. As stated above,
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Fig. 1 Schematic representation of HIV (a) and genetic organization of the viral DNA (b).

(a) Scheme of the mature HIV-1 particle. From outside to inside: trimeric viral glycoproteins

SU/TM (blue) anchored to the lipid envelope from cellular origin (gray circle), matrix (MA,

white), and core composed of capsid proteins and the viral ribonucleoprotein (vRNP) containing

the dimeric RNA genome (red) coated by nucleocapsid proteins (NCp7, black) together with

molecules of reverse transcriptase (RT), Vpr, integrase (IN), and protease (Pr) (green). (b) Genetic
organization of HIV-1 viral DNA. The long terminal repeats (LTR, brown) flank the ORF

sequences for Gag (orange), Pol (yellow), and Env (brown) coding for the structural proteins,

enzymes, and glycoproteins, respectively. In addition, the sequences encoding for the viral

cofactors Tat and Rev (bright yellow) and the helper factors Vif, Vpr, Vpu, and Nef (dark red)
are shown. Not shown are the cis-acting sequences required for genomic RNA replication located

in and next to the LTRs
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one of the two platforms for Gag assembly is an RNA, either the genomic RNA or

cellular RNAs [21]. In the wild-type context, the genomic RNA is selected by specific

interactions between the NC zinc fingers and the viral packaging Psi signal located in

the 5’UTR [4, 21–27]. Thus, three major molecular interactions are driving the bona

fide Gag oligomerization and assembly, namely, Gag binding to RNA via the NC

domain, Gag interaction with phospholipids via the MA domain, and Gag-Gag

protein interactions via the CA and NC domains. However, where and how Gag

assembly is taking place in the HIV-1 infected cells is poorly understood.

In the course of assembly, Gag oligomers are trafficking from the translating

ribosomes to the PM, where virion budding is taking place [28]. In order to

complete virion assembly, trafficking and ultimately budding, Gag was found to

hijack cellular proteins of the cytoskeleton and the ESCRT (endosomal sorting

complex required for transport) and to recruit viral proteins such as Vpr and Vif and

the viral envelope proteins [1, 29–31].

Understanding the Gag assembly process was rendered possible through the use

of a panel of biochemical analyses on in vitro model systems and model cell lines

such as HeLa cells. While these technical approaches provided important insights

into HIV-1 (and other retrovirus) assembly, their low resolution hampered moni-

toring assembly and trafficking of single viral particles, or at least of a small number

of them. Therefore, in an attempt to investigate Gag assembly and trafficking in

cells at the molecular level, recombinant Gag was labeled with fluorescent tags,

thus allowing its visualization by fluorescent microscopy techniques on either fixed

or living cells [32].

This chapter focuses on the use of fluorescent microscopy techniques that are

currently used to investigate Gag assembly and trafficking toward the PM, where

newly made virions bud from the cell in the form of cell-free viruses or else are

transmitted to adjacent naı̈ve cells through virological synapses.

2 Fluorescently Labeled Retroviral Gag Proteins

Fluorescent Gag fusion proteins are now becoming popular tools to visualize

retrovirus (HIV-1, MoMuLV, RSV) assembly in living cells as well as newly

made particles. In early studies, the green fluorescent protein (GFP) of Aequorea
victoria or its derivatives was fused to the Gag C terminus and expressed via a

strong promoter (Fig. 2). After DNA transfection in various cell types, Gag-GFP

was found throughout the cytoplasm [33] and at the cell PM [34]. However, virus-

like particles (VLP) containing Gag-GFP were shown by electron microscopy (EM)

to exhibit aberrant morphology, indicating that addition of a 27 kDa protein to the

Gag C terminus has a strong impact on virus morphology [35, 36]. Moreover, this

Gag chimera could not be used in the viral context, since the 30 region of the HIV-1
gag open reading frame overlaps with that of Pol. More recently, the group of B

Muller [37] engineered the Gag-iGFP mutant where eGFP is inserted close to the C

terminus of MA. Interestingly, fluorescently labeled viruses prepared by DNA
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transfection of equimolar amounts of plasmids expressing Gag wt and Gag-iGFP

were shown to resemble wild-type viruses with respect to particle production,

particle morphology, and virus infectivity [37].

However, as the size of the fluorescent protein moiety might alter the biological

activity of the Gag polyprotein, this prompted the search for smaller potent tags for

cell imaging. To that end, a 12-amino-acid tetracysteine sequence was inserted at

the C terminus of the HIV-1 Gag protein (Fig. 2) [38–40]. This tag interacts with

high affinity with a membrane-permeable biarsenical fluorescein derivative, FlAsH

(or its red analog ReAsH) [41]. This interaction strongly enhances the fluorescence

emission of the chromophore, but in the context of a rather strong fluorescence

background, due to the free chromophore and to the chromophore bound to cellular

proteins containing cystein-rich domains [40, 42]. Addition of this tag at the

C terminus of Gag did not interfere with virion assembly [40, 42] and packaging

of the viral Vpr proteins [43]. Viruses produced with TC inserted downstream of

MA were as infectious as the wild-type counterpart [38, 44]. However, TC insertion

before or next to NC was found to cause a twofold reduction of viral infectivity

[39]. The TC tag has also been inserted next to the integrase (IN) domain, at the

C terminus of pol. This resulted in the production of infectious viruses and, upon

cell infection, allowed visualization of the microtubule-assisted movements of the

HIV-1 preintegration complex (PIC) from the cell periphery to the nucleus and

within the nuclear compartment [45, 46].

3 Gag-Gag Interaction Visualized by FRET and Correlation

Spectroscopy

Where and when are Gag oligomerization and assembly taking place in infected

cells? Although this has been the subject of a large number of studies, it is still a

matter of debate. At first, HIV-1 was considered to be a C-type retrovirus, and thus,

Gag assembly was considered to occur at the level of the PM. In this model which

eGFP

MAp17 CAp24 NCp7 p6

SP1 SP2

eGFP or TC

TC TC TC

Fig. 2 Insertion of a fluorescent reporter in the HIV-1 Gag polyprotein. The HIV-1 Gag

polyprotein precursor, composed of 550 amino acids, is processed by the viral protease, generating

the MA, CA, NCp7, and p6 viral proteins. The Gag polyprotein was labeled by eGFP, and also

mCherry, CFP, or Venus, at the indicated positions. TC refers to the tetracysteine tag

HIV-1 Gag Directed Assembly of Retroviral Particles Investigated 461



appears to occur in HeLa, Cos, and Jurkat T transformed cell lines, newly made Gag

is directly targeted to the PM [47]. In a second model, Gag assembles in intra-

cellular vesicles such as, for instance, multivesicular bodies (MVB) in human macro-

phages, and subsequently, newly formed virions are delivered in the extracellular

medium by means of vesicular trafficking [42, 48–50]. Both mechanisms of Gag

assembly and trafficking were shown to take place in several cell lines, while either

one was predominant in other cells, indicating that the cellular context has a major

influence on the mechanism of Gag assembly and trafficking (reviewed in [28]).

Major contributions on retroviral Gag assembly and trafficking were obtained by

molecular imaging. Gag-Gag interactions at the level of the PMwere first visualized by

two-photon imaging, using Rous sarcoma virus (RSV), a type C alpha retrovirus [51].

In this study, DF-1 cells (chicken fibroblast cells) were transfected by plasmid DNAs

expressing RSV Gag-CFP and Gag-YFP, and a z-stack series was carried out to record

the FRET between these two reporters throughout the cell. FRET corresponds to

a nonradiative energy transfer between the fluorescent donor and an acceptor when

they are less than 10 nm apart, a distance corresponding to intermolecular protein-

protein interactions [52–54]. The FRET was larger at the interface between the cell and

the cover slip and also at the dorsal cell surface in agreement with the expected

localization of the virus budding sites. Gag-Gag interaction at the level of the PM

was confirmed using an approach similar to FRET with HIV-1 Gag fluorescent

chimeras expressed in Mel JuSo cells (human melanoma cell line) [55], HeLa cells

[56, 57], and epithelial 293 T cells [58]. All these studies used the fluorescence intensity

changes of the donor and acceptor after photobleaching of the acceptor. Alternatively,

another strategy is to monitor by FLIM the fluorescence lifetime of FlAsH linked to

HIV-1 Gag-TC. Indeed, Gag polymerization clusters the FlAsH chromophores,

resulting in a decrease of their fluorescence lifetime due to self-quenching and/or

exciton coupling [59, 60]. This self-quenching of fluorescein derivatives was already

successfully used to study protein-protein and protein-lipid interaction [61–63]. To

carry out these experiments, cells were stained with FlAsH and scanned continuously

for about 30 s to achieve appropriate photon statistics to analyze the fluorescence

decays. Data were analyzed with a commercial software package (SPCImage V2.8,

Becker & Hickl, Germany), and FLIM images were constructed using an arbitrary

color scale, ranging from blue (short lifetime) to red (long lifetime) corresponding to

the different lifetimes of the donor (see scale on Fig. 3, panel 1). As a control, naive

HeLa cells show a diffuse fluorescence characterized by a fluorescence lifetime of

3.52 ns (Fig. 3, panel 1, green pseudocolor). When Hela cells were transfected by

a plasmid DNA encoding for Gag-TC, Gag accumulates at the level of the PM, and the

FlAsH lifetime drops to 2.57 ns (Fig. 3, panel 2, blue pseudocolor).

FRET was also used to study the relationship between Gag oligomerization and

its localization at the PM and to investigate the impact of Gag mutations on these

processes. For example, substituting methionine 369 in the SP1 spacer for alanine

decreased the fluorescence lifetime value of the chromophore to 3.08 ns (Fig. 3,

panel 3), confirming the importance of SP1 in HIV-1 Pr55Gag assembly [64, 65].

Mutation in the capsid C terminus, which is not required for Gag-PM interaction,

has a severe impact on Gag-Gag FRET [56] in agreement with the role of this
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domain in Gag oligomerization [66, 67]. When the membrane-binding domain of

RSV Gag [68] or HIV-1 Gag was modified [12, 13, 55], the accumulation of Gag at

the PM was impaired, but FRET was observed in the cytoplasm either by intensity

measurements [51, 56] or by FLIM (Fig. 3, panel 4) with an intermediate fluores-

cence lifetime of 2.87 ns, indicating that membrane-defective Gag can oligomerize

in the cytoplasm [55, 69–71].

As already stated, one domain important for HIV-1 Gag assembly is NC [27],

since it drives assembly through its ability to bind RNA, preferentially the genomic

RNA [72–74]. NC may also drive Gag-Gag interaction through an RNA-

independent mechanism since replacement of NC by polypeptides capable of

forming oligomers can rescue Gag assembly [8]. In agreement with the key role

of NC in Gag assembly, monitoring by fluorescence microscopy of Gag-delta-NC

assembly revealed the absence of FRET [51, 56] and a diffusion coefficient equal to

that of eGFP [51]. In conclusion, these fluorescence microscopy studies correlate

with the biochemical analyses and indicate that Gag most probably starts

GagG2A-TC-FlAsHGagM369A-TC-FlAsH

FlAsH Gag-TC-FlAsH

t (ns)

1 2

3 4

2 3 4

Fig. 3 Gag-Gag interaction monitored by FLIM. HeLa cells were transfected by a plasmid DNA

encoding for Gag-TC [40]. Twenty-four hours post-transfection, cells were labeled with the FlAsH

derivative [43]. Then, two-photon FLIM images were recorded, and measured lifetimes were

imaged using an arbitrary color scale (top of panel 1). Panel 1: control naive HeLa cells incubated
with FlAsH. The chromophore is homogeneously distributed with an average lifetime of 3.52 ns.

Panel 2: HeLa cell expressing Gag-TC. The close proximity of Gag-TC-FlAsH molecules

decreases their fluorescence lifetime to 2.52 ns, reflecting Gag multimerization. Gag-containing

dots with an intermediate lifetime (green color) might correspond to Gag oligomers. Panel 3:

Substitution of methionine 369 in the SP1 spacer for alanine (Pr55GagM369A-TC) severely impairs

Pr55Gag assembly, as shown by the 3.08 ns fluorescence lifetime value obtained for this mutant.

Panel 4: HeLa cell transfected with the GagG2A-TC mutant. The substitution of Gly for Ala

hampers membrane anchoring of Gag. The fluorescence lifetime homogenously distributed

throughout the cytoplasm is equal to 2.87 ns indicating that myristylation-defective Pr55Gag

can oligomerize but does not form high molecular weight structures. This figure is adapted from

Fig. 7 of [43]
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assembling in the cytoplasm and subsequently Gag oligomers traffic to the PM,

where anchoring takes place.

It remains to be established where Gag oligomer formation takes place and with

which stoichiometry. Using FLIM, complexes with a lifetime of 2.82 ns were

observed in the cytoplasm (Fig. 3, panel 2, white arrows), in line with the presence

of low molecular weight HIV-1 Pr55Gag complexes in subcellular compartments

[10, 70]. Recently, cytoplasmic Gag-Gag interactions were characterized by fluo-

rescence fluctuation spectroscopy (FFS) coupled to a z-scan approach [75]. This

method can determine the number of fluorescent molecules present in complexes

diffusing in a small volume. The analysis relies on the measurement of the bright-

ness of individual complexes compared to that of individual fluorescent proteins. It

was found that the Gag stoichiometry in the viral-like particles (VLPs) formed in

living cells depended on the quantity of transfected plasmid DNA, ranging from

750 to 2500 Gag molecules per VLP [76]. Moreover, by measuring the average

diffusion time, it was possible to determine a hydrodynamic diameter of about

130 nm for the VLPs, independent from the amount of transfected plasmid DNA.

This observation suggests that VLPs form in the cytoplasm and that a full coverage

of the VLP by the Gag protein is not required (for a recent review [77]).

Assembly of Gag at the PM was also investigated using recombinant Gag

labeled with eos derivatives downstream from MA [78]. The EOS Monomeric

photoactivable protein from the stony coral Lobophyllia hemprichii changes its

spectral properties, in response to UV irradiation with high photon count and high

contrast ratio between the converted and nonconverted forms [79]. After protein

excitation at 488 nm, a green emission is monitored at 516 nm. In addition, the

protein emission is red shifted to 581 nm after irradiation at 405 nm and excitation

at 516 nm. The group of Lamb [78] combined total internal reflection fluorescence

(TIRF) and wide-field (WF) microscopy to address the question of whether VLPs

detected at the surface of HeLa cells resulted from Gag clusters arriving from the

cytoplasm or from Gag molecules assembling at the PM [80]. The TIRF technique

uses an evanescent wave to selectively illuminate and excite fluorophores in a

restricted area of the specimen immediately adjacent to the glass-water interface.

The evanescent wave is generated only when the incident light is totally internally

reflected at the glass-water interface. The evanescent electromagnetic field decays

exponentially from the interface and penetrates to a depth of only 75–200 nm into

the sample medium [81]. Thus, the TIRF microscopy preferentially photoconverts

Gag-EOS localized at the cell surface. To combine WF and TIRF approaches, WF

images were recorded in the green channel with an excitation of the Gag-EOS at

488 nm, while TIRF images were recorded in the red channel with an excitation

at 516 nm after a pulse at 405 nm (Fig. 4a).

As depicted in Fig. 4b, before irradiation, Gag-EOS either in the cytoplasm or at

the PM emits only in the green channel. In contrast, after 90-s illumination

at 405 nm (Fig. 4, C), almost 30 % of Gag-EOS molecules were photoconverted

as shown by the numerous fluorescent dots observed in the red channel. Next, this

experiment was repeated 15 min after illumination. If newly formed VLPs would

result from Gag clusters migrating from the cytoplasm, then the number of green
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dots at the PM level should increase. On the contrary, if newly formed VLPs would

result from the assembly of Gag clusters diffusing at the cell surface, then the

emission in the red channel should be constant. As shown in Fig. 4d, the fluores-

cence intensity of the green channel increases as a function of time, suggesting that

the quantity of nonactivated Gag-EOS increases. Thus, VLP formation at the

surface of HeLa cells likely results from the accumulation of Gag oligomers coming

from the cytoplasm.

Fig. 4 VLP assembly results from the recruitment of cytosolic Gag clusters. (a) Photoconversion

scheme and intracellular localization of Gag-EOS chimera proteins. The green spheres correspond
to the nonphotoconverted form of Gag-EOS (lexc ¼ 488 nm and lem ¼ 516 nm) observable in the

epifluorescence mode. The red spheres correspond to the photoconverted form of Gag-EOS

(lexc ¼ 516 nm and lem ¼ 581 nm) after a photoconversion pulse at 405 nm in the TIRF mode.

Gag coming from the cytoplasm (II) will be detected in the green channel while Gag already

anchored at the plasma membrane (I) prior to the 405-nm pulse will be detected in the red channel.
(b–c) Live-cell images of HeLa cells transfected with a mixture of pCHIV and pCHIVmEosFP.

Before photoconversion (b), WF and TIRF images in the green channel allow the detection of Gag

dots within the cytoplasm and at the level of the plasma membrane. After photoconversion (c),

dots are detected in the green channel (Gag-EOS coming from the cytoplasm) and in the red
channel (photoconverted Gag-EOS at the PM) of the TIRF mode. The scale bar corresponds to

5 mm. (d) Fluorescence intensity with 488-nm excitation (green line, nonphotoconverted species)

and with 561-nm excitation (red line, photoconverted) of the plasma membrane measured in the

vicinity of 23 assembly sites as a function of time after photoconversion. The standard deviation of

the individual traces is given as a halo (Adapted from Fig. 5 of [78])
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4 Gag Mobility and VLP Budding at the Membrane Level

Intracellular Gag mobility at the level of the PM was first studied by means of an

elegant method developed by Hope et al. [82]. HeLa cells were transfected with a

plasmid DNA expressing a photoactivable GFP (PA-GFP) that corresponds to GFP

with threonine 203 changed for isoleucine [83] and is used as EOS. To determine

the motion of Gag, a region of interest (ROI) was photoactivated by a pulse at

405 nm, and the emission of the activated PA-GFP was measured at 516 nm in a

second ROI. Gag-PA-GFP was considered as being unassembled when the fluores-

cence was diffuse, while Gag assembled in the form of VLPs at the PM appeared as

bright spots. Diffuse Gag was found to move very fast within the cytoplasm, in

agreement with fluorescence correlation spectroscopy (FCS) data on Gag RSV [51]

and with the fact that Gag interacts with molecular motors [84]. An identical

diffusion time was also found with G2AGag-PA-GFP, suggesting that intracellular

Gag oligomers are not anchored to membranes. This high mobility might well

facilitate Gag recruitment by growing Gag oligomers during virus assembly.

To monitor individual particles in live cells using TIRF, HeLa cells were

transfected with plasmids expressing both Gag and Gag-GFP proteins. Using this

strategy, Jouvenet et al. found that budding particles could be divided in two

populations [57]. The first one appeared as dots 8–9 min after the initial detection

of fluorescence in the cytoplasm and stayed at the level of the PM, showing slow

lateral movements (lateral velocity ¼ 0.007 mm.s–1). Interestingly, the steady-state

fluorescence brightness of these dots remains constant indicating completeness of

VLP assembly. Meanwhile, a second population of Gag puncta emerged and

disappeared rapidly along the z-axis and colocalized with the endocytic marker

CD63 [82]. These two distinct behaviors of Gag VLPs appeared independent from

the presence of GFP or mCherry. Nevertheless, the first population was found to

appear earlier (5–6 min) when higher quantities of transfected plasmids were used.

This TIRF-based quantitative analysis of individual particles at the cell periphery

was also used in combination with epifluorescence microscopy to characterize the

Gag-containing complexes both at the PM and in the cytoplasm [78]. To be close to

virological-like conditions, HeLa cells were transfected with a mixture of plasmids

expressing all the viral proteins. Viral budding could be divided into three phases.

During the first phase, most (up to 80 %) of the Gag-containing complexes

trafficking toward the PM display a rapid increase in their fluorescence intensity.

This phase corresponds to the progressive assembly of the initial Gag oligomers to

form VLPs. An average VLP assembly rate of 4.3� 10–3 s–1 was measured, in good

agreement with that obtained by Jouvenet et al. [57]. Moreover, variations in these

kinetic rates, as measured in individual cells, suggest that additional events such as

packaging of nonstructural viral proteins or protein processing could delay the

assembly process. After the fast increase in the fluorescence intensity of the Gag

clusters, a stationary phase was observed where the fluorescence signal fluctuates

about a constant value. This phase could reflect the interaction between the

Gag-containing VLPs and membrane components to initiate the budding process.

Part of the fluorescence signal in this phase could also correspond to VLPs
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immobilized between the coverslip and the cell surface. In the third phase, the

fluorescence intensity was seen to decay with a rate of 2.7 � 10–3 s–1. This phase is

thought to correspond either to virus release, photobleaching, or endocytosis.

Virus release as cell-free particles was also investigated through real-time obser-

vation of single particle motions using highly sensitive fluorescence microscopy

techniques. Experiments were performed at 37 �C using a thermostated chamber or

a temperature-controlled stage. Individual particles were identified based on the

brightness of the centroid of individual spots [80]. To describe the dynamics of the

particle motion, x and y coordinates were used to reconstruct trajectories based on the

nearest-neighbor algorithm [85]. Then, by calculating the time-dependent mean

square displacements for each trajectory, different diffusion regimes (free and anom-

alous) were evidenced. Interestingly, this approach of single particle tracking was

also combined with high-resolution spectroscopy using PALMwith a TIRF objective

[86]. To perform PALM, Cos7 cells were transfected with plasmids expressing both

Gag-EOS and VSV-G-EOS, where VSV-G is the pantropic envelope G protein from

the vesicular stomatitis virus, used to pseudotype HIV-1 particles and HIV-1-based

a

b

c

Fig. 5 PALM images of Gag and VSV-G. Cos cells expressing either Gag-EOS (images a and b,

left) or VSV-G-EOS (images a and b, right) proteins were imaged by PALM (500 s of integration,

10,000 images). Various sizes of bright Gag-containing dots are visible and highlighted by white

arrows while VSV-G-EOS is homogeneously distributed. Scale bars, 2 mm. (c) Representative Gag

or VSV-G single molecule trajectories representing diffuse (black line) or confined (red line)
movements. Scale bars correspond to 100 nm (Adapted from Fig. 1 of [86])
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vectors [86]. As shown in Fig. 5, dots of Gag-EOS with a size of 100–200 nm were

observed (Fig. 5a and b, left panels) in good agreement with data from electron

microscopy [9, 87]. Calculation of trajectories (Fig. 5c) showed various populations

of Gag with Brownian and anomalous diffusion as well as much larger clusters that

were immobile. The average diffusion coefficient of Gag in live cells was

0.11 � 0.08 mm2/s, in good agreement with the value reported by [78]. It was

surprising that no active transport was evidenced in this study, though Gag was

reported to interact with several molecular motors [84, 88–91]. In contrast to Gag,

VSV-G-EOS is homogeneously distributed across the plasma membrane and does

not form bright dots. In addition to a population of immobile VSV-G-Eos molecules,

a population of mobile molecules with an average diffusion coefficient of

0.14 � 0.08 mm2/s was observed, in line with fluorescence recovery after

photobleaching data [92]. The high density of dynamic information available through

this approach allowed the authors to draw a spatially resolved map of single molecule

diffusion coefficients. This map highlighted large clusters of immobile Gag-Eos

molecules, which may correspond to regions where VLPs were accumulating.

Although VSV-G-Eos is characterized as a highly mobile molecule, less mobile

regions were detected and may represent filipodial structures where molecular

mobility was slowed down due to membrane folding.

5 Cell-to-Cell Transmission of Retroviral Gag Followed

by Live Imaging

Single particle tracking can be used to follow cell-to-cell transmission of retroviral

particles, from infected to noninfected naı̈ve cells (reviewed in [93–96]). This

transmission necessitates extensive cell-cell contacts [97] and was associated to

higher retrovirus infectivity [98–102]. More recently, these cell-to-cell contacts

were described as subcellular structures referred to as virological synapses (VS)

[93, 103–106] that are involved in virus transmission from monocyte-derived

macrophages (MDM) to T CD4+ cells [38], from T cells to T cells [107] [108],

and from dendritic to T cells [109, 110]. This mode of transfer is thought to hide the

virus from the immune system even though VS were recently shown to be sensitive

to neutralizing antibodies [111].

Gag trafficking toward the VS was monitored using Gag-TC proteins labeled

with FlAsH in live MDMs [38]. Labeled Gag proteins were found to accumulate

both at the PM and within internal compartments of the MDMs. These

compartments are rich in tetraspanin proteins [112, 113] and might form a complex

labyrinth of interconnected membranes [114]. Interestingly, real-time visualization

of HIV-1 infected MDMs after addition of naı̈ve T cells showed that intracellular

Gag-containing compartments accumulate in less than 30 min at the level of MDM-

MDM or MDM-T cell contacts with a slight preference for the latter [102]. These

internal compartments differ from endosomes since mutations of basic residues that

maintained Gag in internal vesicles block the translocation of mutated Gag to sites
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of cell-cell contacts [115]. In contrast, the envelope protein was not involved in this

trafficking in agreement with the fact that the two proteins follow distinct routes

before budding takes place [19].

To further understand the role of these VS, Gag trafficking during T cell

transmission of HIV-1 was followed by quantitative video microscopy [107].

These experiments were carried out using Jurkat cells expressing Gag-iGFP and

primary T CD4+ cells. Images obtained from Jurkat diffusing as free cells are

characterized by a homogeneous fluorescent staining of Gag-iGFP (Fig. 6a, panels

a and b). In sharp contrast, in 80 % of the infected Jurkat cells contacting naı̈ve

T CD4+ cells, Gag-iGFP molecules accumulated at the contact sites in an envelope-

dependent manner (Fig. 6a, panels c and d). Interestingly, when this experiment was

carried out with Cerulean and Venus Gag chimera molecules, a FRET signal was

obtained at this cell-cell contact demonstrating a link between Gag assembly and

Gag accumulation at the level of the VS. Moreover, spatiotemporal monitoring of

Gag trafficking showed that formation of a new synaptic button was associated with

a rapid and directional motion of membrane-associated Gag molecules toward the

cell-cell contact site (Fig. 6b). As a consequence of this rapid motion, a zone

depleted of Gag molecules was observed in the periphery of the newly formed

synaptic button (Fig. 6c) in agreement with the local active transport [116]. Once

the synaptic button was completed, the preformed Gag clusters were seen to rapidly

diffuse with an average velocity of 0.1 to 0.25 mm/s in the direction of the synapse

to fuse with the button structure (Fig. 6d). Using high-resolution confocal micros-

copy and 3D image reconstruction, the synapse appeared as a button with a

diameter of 1 to 3 mm, resembling the previously reported morphology [117].

Concomitant with VS formation, patches of Gag molecules were observed to

enter the target T cell within vesicles, suggesting that the VS favors an endocytic

route for viral infection (Fig. 6e). In fact, HIV-1 antigens were found colocalized

with endocytic route markers such as dynamin and clathrin emphasizing the role of

this pathway for T cell to T cell HIV-1 transfer and maturation [108, 118].

An alternative model of virus transmission through filopodia was proposed by

the group of Mothes for the Moloney leukemia virus (MLV) [94]. Filopodia, also

referred to as cytoneme, correspond to plasma membrane projections that bridge

cells and serve as conduits for signal exchanges between two cells [119]. In the

context of virus-producing cells, filopodia are emitted by noninfected cells to avoid

virus delivery into the cortical actin filament-dense areas [90]. Cos-1 cells

expressing Gag-CFP and Env-YFP from MLV were cocultured with naı̈ve XC

cells expressing the MLV receptor mCAT1-CFP [120, 121]. As shown in Fig. 7a,

superimposed images revealed the production of a huge quantity of virus at the

surface of the Cos-1 cells (yellow carpet) as well as the presence of filopodia full of

viruses between infected and naı̈ve cells (Fig. 7a, arrows a–e). Interestingly,

particles appeared as yellow dots close to the infected cells and as green dots

close to the naı̈ve cells, probably as a consequence of a progressive increase in

the concentrations of the receptor protein. Moreover, a colocalization of the viral

envelope and CAT proteins was observed, suggesting that these two proteins act to

maintain a filopodia linkage between the two cells (Fig. 7b) [122]. Time lap

experiments revealed that viruses migrate along these filopodia with an average
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a

b c

d

e

Fig. 6 Formation of Gag-containing synaptic buttons. (a) Jurkat cells were transfected with

plasmid DNA expressing Gag-iGFP and cultured with T CD4+ cells. Time lap experiments were

carried out for 4 h. The upper line corresponds to fluorescence images, while the lower one

corresponds to an overlay between these fluorescent images and phase contrast images. Panels a
and b show that Gag-iGFP is diffusely distributed in the cytoplasm. Panels c and d show the

distribution of Gag-iGFP after a contact between an infected Jurkat cell and a naive T cell and the

formation of a synaptic button. (b) Dynamics of Gag-iGFP motion during formation of a synaptic

button at the site of adhesion. (c) Ring-shaped zone around the synaptic button which is depleted

from surrounding Gag molecules, suggesting that Gag is recruited in the synaptic button.

(d) Dynamics of Gag clusters in the vicinity of the synaptic button. (e) Transmission of Gag-

containing complexes from a Jurkat cell to a T cell through a synaptic button. During this

transmission, Gag-containing patches (yellow) were seen to emerge from the synaptic button,

next to leave it, and then migrate inside the T cell. For b, d, and e, time unit indicated on the panels

is seconds (Adapted from Figs. 1 and 2 of [107])
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speed of 0.7 mm/min and thus required an average of 18 min to migrate from one cell

to the other [122]. Interestingly, while the cytoneme growth was directed from

noninfected to infected cells (Fig. 7c, red arrow), the virus moves toward the naı̈ve

cell through an actin- and myosin-mediated retrograde transport of the envelope

receptor [90, 122] (Fig. 7c, green arrow). This model of filopodia-based transmis-

sion was also found with other cell types and retroviruses. Indeed, experiments were

also carried out with Cos cells expressing HIV-1 Gag fused to GFP, cocultured with

XC cells expressing CXCR4 and CD4-YFP. As seen in Fig. 7d, particles of HIV-1

are transferred from Cos cells (green) toward naı̈ve cells (red). However, only a few

particles were observed, suggesting that this transmission mode is less efficient for

HIV than for MLV or that the cells used are not relevant for HIV-1 infection.

6 Concluding Remarks

The Gag polyprotein precursor codes for the major structural proteins of the

retroviral particle and as such drives retrovirus assembly in infected cells. In an

attempt to gain a better understanding of retrovirus assembly, notably that of

b

c

CD4-YFP + CXCR4

HIV Gag-CFP + gp120

mCAT1-CFP

MLV Env-YFP

mCAT1-CFP

MLV Gag-CFP

MLV Env-YFP

a

d

Fig. 7 Filopodia-based model for virus transfer. (a) Cos cells were transfected with plasmid DNAs

expressing MLV Gag-CFP and Env-YFP and cocultured with naı̈ve XC cells expressing mCAT1-

CFP. YFP intensity was arbitrary colored in red and CFP in green. Arrows a, b, c, d, and e indicate
the directions of the virus traffic in the filopodia. (b) Colocalization of MLV receptor (mCTA1) in

redwith MLV Env in green. The yellow dots suggest a colocalization of the two partners at contact
points between cells and filopodia. (c) Superimposition of time lap images showing the elongation

of the filopodia (mCAT1-YFP, red arrow) and the movement of MLV particles (Gag-GFP). (d)

Thin filopodia emitted from XC cells containing HIV particles in green (Gag-CFP). The red color
corresponds to the expression of CD4-YFP/CXCR4 (Adapted from Figs. 1 and 5 of [122])
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HIV-1, MLV, and RSV, recombinant fluorescent Gag polyproteins were expressed

alone or in the virus context in different cell lines and visualized using microscopy

approaches with high spatial and temporal resolutions. As summarized in this

chapter, interesting new data have been obtained indicating that Gag assembly

most probably starts in the cytoplasm by the formation of small oligomeric

complexes that rapidly traffic toward the PM or intracellular membranes (i.e.,

MVB), ultimately leading to virion formation and dissemination. Else, when

Gag-producing cells are engaged in cell-cell interactions, Gag particles accumulate

at cell-cell contact points, and viral particles are transferred to noninfected cells via

cell-cell junctions, called the virological synapses. Similar approaches have also

been used to monitor Gag-RNA interaction [123–126], recruitment of cellular

proteins that promote viral budding [127, 128], and interaction between TRIM5a
and incoming HIV-1 virions [129] (for a recent review, see [130]). In a close future,

since assembly, budding, and infection are closely interconnected [118], emerging

high-resolution techniques will allow addressing some unresolved questions such

as the following: (1) where does Gag specifically recognize the genomic RNA

which represents one of the two assembly platforms? (2) where does the interaction

of Gag with its different partners to incorporate viral and cellular proteins takes

place and how this influences Gag/genomic RNA interaction, assembly, and traf-

ficking? (3) what are the mechanisms that regulate the stoichiometry of all the

different partners that are incorporated in the nascent particles?
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models, 257
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spectra (TRES)

Triplet state, 241

correction, 250

Twisted excited state (TS), 226

Twisted intramolecular charge-transfer

(TICT), 228

Two-photon excited fluorescence (2PEF),

317, 329

Two-photon fluorescence (microscopy), 63,

171, 243, 311, 317, 325

Two-photon laser, 252

U

UV-sensitive wide field (UV-WF)

microscopy, 185, 192

V

Viral ribonucleoparticle (vRNP), 459

Virus-like particles (VLP), 460, 464

Viscosity, diffusion rates, 226

Förster-Hoffmann equation, 227

VLP. See Virus-like particles (VLP)
vRNP. See Viral ribonucleoparticle (vRNP)

W

Widefield epifluorescence microscopy, 163

Z

Zebra fish embryos, fibroblast growth factor

receptors, 262

Z-scan fluorescence correlation spectroscopy

(zFCS), 256, 417, 421
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