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Preface

Life scientists have been brought up for ages with the idea that life is driven, directed, and
shaped by biomolecules, working on their own or in concert. Only over the past three
decades it has become possible to study the properties of molecules in ultimate isolation:
individual molecules. Technical breakthroughs in the field of sensitive fluorescence micros-
copy have made it possible to observe single fluorescent molecules and measure their
properties. Other researchers have developed optical tweezers into a method to measure
the mechanic properties of single molecules. Around the same time atomic force microscopy
has been developed, with a spatial resolution good enough to resolve single biomolecules.
Together, these techniques (and several other ones) have been applied more and more to the
study of biologically relevant molecules, such as DNA, DNA-binding proteins, and motor
proteins. These single-molecule approaches have led to new views into how biomolecules
bring about biology, but also to novel insights in the way physical and statistical principles
underlie the behavior and mechanism of biomolecules. By now, single-molecule tools are
slowly becoming commonplace in molecular biophysics, biochemistry, and molecular and
cell biology. This is not only thanks to their success, but also thanks to their accessibility: in
the beginning these tools were solely developed and custom-built by (bio)physicists, and
now commercial tools are becoming available. We foresee that this trend will prevail and
single-molecule tools will play an even more prominent role in molecular biology.

The aim of Single Molecule Analysis is to provide a broad overview of single-molecule
approaches applied to biomolecules on the basis of clear and concise protocols. In addition,
we provide a solid introduction to the most widely used single-molecule techniques. The
idea is that these introductions, together with the protocols, provide enough basis for
nonspecialists to make the step to single-molecule experiments. The protocols contain a
“Notes” section, in which the authors provide tips and tricks, rooted in experience, that are
often decisive between failure and success.

In this second edition of Single Molecule Analysis several of the chapters (Chapters 1, 2,
5, 10, and 14) are updated from the first edition, while most chapters are completely new,
highlighting the fast and exciting developments in the field. The volume opens with four
chapters that mostly deal with optical tweezers. In Chapter 1, a general overview of the
method is provided. In the next chapters, protocols of applications of optical tweezers to
studies of DNA/RNA (Chapter 2), protein folding (Chapter 3), and motor proteins
(Chapter 4) are presented. The second part of the volume (Chapters 5-12) deals with
single-molecule fluorescence tools. First a general overview of these techniques is provided
(Chapter 5), followed by protocols for fluorescent labeling of proteins (Chapter 6). In the
tollowing chapters, applications to motor proteins and membrane proteins in vivo (Chapters
7 and 8), super-resolution methods (Chapter 9), combinations with microfluidics (-
Chapter 10), and the deployment of advanced fluorescence modalities like polarization
(Chapter 11) and Forster resonance transfer (Chapter 12) are presented. The next part of
the volume deals with atomic force microscopy (Chapters 13-15). Also this part opens with
a general overview of the approach (Chapter 13), followed by protocol chapters describing
applications to DNA and DNA-binding proteins, including combinations with fluorescence
microscopy (Chapter 14), and applications to viruses (Chapter 15). In the following
chapters of the book magnetic tweezers (Chapter 16) and tethered particle motion
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(Chapter 17) are described, followed by two very new techniques acoustic force spectros-
copy (Chapter 18) and centrifugal force microscopy (Chapter 19).

I have taken care to provide another broad and thorough overview of the exciting and
still emerging field of single-molecule biology in this second edition of Single Molecule
Analysis. It is unavoidable that there is some overlap between the chapters. Furthermore,
it will be very likely that within a few years new techniques will emerge that are not discussed
here. Nevertheless, I hope that the presented protocols will be useful to many researchers,
inspire them, and help them to go single molecule!

Amstevdam, The Netheviands Erwin J.G. Peterman
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Chapter 1

Introduction to Optical Tweezers: Background, System
Designs, and Commercial Solutions

Joost van Mameren, Gijs J.L. Wuite, and Iddo Heller

Abstract

Optical tweezers are a means to manipulate objects with light. With the technique, microscopically small
objects can be held and steered, while forces on the trapped objects can be accurately measured and exerted.
Optical tweezers can typically obtain a nanometer spatial resolution, a picoNewton force resolution, and a
millisecond time resolution, which makes them excellently suited to study biological processes from the
single-cell down to the single-molecule level. In this chapter, we will provide an introduction on the use of
optical tweezers in single-molecule approaches. We will introduce the basic principles and methodology
involved in optical trapping, force calibration, and force measurements. Next we describe the components
of an optical tweezers setup and their experimental relevance in single-molecule approaches. Finally, we
provide a concise overview of commercial optical tweezers systems. Commercial systems are becoming
increasingly available and provide access to single-molecule optical tweezers experiments without the need
for a thorough background in physics.

Key words Optical tweezers, Optical trap, Radiation pressure, Single molecule, Trap stiffness calibra-
tion, Force spectroscopy, Instrument design, Commercial optical tweezers, Molecular motors, DNA-
protein interactions

1 Introduction

1.1 History of Optical At the heart of optical tweezers techniques is the interaction
Tweezers between light and matter. The minute forces that are generated in
this interaction can be used to displace and trap microscopic
objects. In 1970, Ashkin laid the foundations for present-day opti-
cal tweezers techniques. At Bell labs, Ashkin observed that micron-
sized latex spheres (beads) were attracted toward the center of an
argon laser beam of a few mW power [1]. It is this attractive force
that makes optical trapping possible. Ashkin also observed, how-
ever, that the laser light scattered and propelled the beads forward.
By using two counter propagating beams he managed to avoid
forward propulsion, and thus created the first stable optical trap
for beads suspended in water. It was not until 1986 that Ashkin

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_1, © Springer Science+Business Media LLC 2018
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1.2 Optical Tweezers
in Biology

Joost van Mameren et al.

forward scattered light
is deflected

external
force on
trapped
particle

restoring

trapped force

particle

* *

focused laser focused laser

Fig. 1 Schematic of optical trapping. Left. a tightly focused laser beam (cone)
attracts refractive objects (dark sphere) such as glass beads, nanoparticles, or
even whole cells to its focus. Right. external forces pushing or pulling on the
particle slightly displace it from the center of the focus, leading to a slight
deflection of the forward scattered laser light. This deflection forms the basis for
quantitatively detecting the forces and displacements experienced by the
trapped object

together with Chu and others demonstrated the present form of
optical tweezers that uses a single, tightly focused laser beam to stably
trap particles—of diameters between 25 nm and 10 pm—in three
dimensions (see Fig. 1, left) [2]. Later on, Chu and others used
techniques inspired by optical tweezers to trap and cool atoms,
which brought him the 1997 Nobel Prize in physics [3, 4].

Currently, optical tweezers have found widespread applications in
biology [5-8]. One of the important reasons for the success of
optical tweezers in biology is that it provides biological scientists
with “microscopic hands” to manipulate biological objects and feel
or exert forces, yet with the same low level of invasiveness as light
microscopy techniques. Furthermore, the length scales, time scales,
and force scales accessible to optical tweezers are biologically rele-
vant from the single-cell down to the single-molecule level. In
1987, Ashkin presented the first applications of optical tweezers
in biology by manipulating individual viruses and living bacteria
[9]. By a correct choice of laser power and wavelength, photo-
damage to biological samples could be minimized, which allowed
trapping and manipulation of single living cells [10]. Since the late
eighties, optical tweezers approaches have been extended down to
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Fig. 2 Prototypical single-molecule optical tweezers assays. Top: a single kinesin
motor protein bound with its two heads to an optically trapped bead moves along
a surface-immobilized microtubule track. Its 8-nm steps, the forces exerted and
the mechanics of the stepping has been elucidated in such assays. Bottorm: DNA
suspended between two optically trapped beads

the single-biomolecule level [11-22]. In these single-molecule
studies, the biomolecules of interest are not themselves trapped
directly, but are manipulated through optically trapped microbeads
that act as handles and force transducers. A large fraction of this
single-molecule work includes the study of the activity of individual
motor proteins [11, 15,22]. With optical tweezers, the motion and
forces generated by these motor proteins have been studied and
controlled to reveal their dynamics and energetics (Fig. 2, top).
Another important area of research includes the study of biopoly-
mers such as DNA [7, 14, 18, 23, 24]. In these experiments, the
DNA molecule is attached to one or more optically trapped beads,
which allows stretching the molecule and studying its mechanical
properties through force spectroscopy (Fig. 2, bottom). In addi-
tion, this layout has been used to study proteins and DNA—protein
interactions [13, 17, 21, 25-27]. A wide range of DNA—protein
interactions affects the structure of DNA, and thus the (force-
dependent) length of the DNA molecules. In optical tweezers
these length changes can be observed by measuring the displace-
ments of the microbeads. Examples include the study of DNA-
binding proteins and the activity of DNA and RNA polymerases.
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Over the last decade, the impact of optical tweezers in biology
has further expanded due to their integration with other experi-
mental techniques. This includes their combination with multi-
channel microfluidics, which not only enhances experimental
throughput but also provides in-situ control of more complex
multistep biological processes [28, 29]. Most notably, the combi-
nation of optical tweezers with the rich arsenal of fluorescence
techniques has enabled optical tweezers analyses to venture far
beyond strictly mechanical measurements [8, 28, 30].

With the advent of commercial optical tweezers systems in recent
years, this powerful single-molecule technique is approaching matu-
ration and is becoming more and more accessible to a wide range of
biological scientists. As with the development of commercial fluores-
cence and AEM techniques, it is to be expected that commercial
optical tweezers will greatly contribute to our knowledge of biology
on the single-molecule level. As a final motivation to read more
about optical tweezers: in an interview with Physics Today, Nobel
Prize winner Steven Chu said that he would not be surprised if in the
coming decennium another Nobel Prize would be attributed to
groundbreaking discoveries in molecular biology facilitated by opti-
cal tweezers or other single molecule techniques [31].

2 Principles of Optical Tweezers Techniques

2.1 Forces in an
Optical Trap

The basic physical principle underlying optical tweezers is the radi-
ation pressure, exerted by light when colliding with matter. For
macroscopic objects, the radiation pressure exerted by common
light sources is orders of magnitude too small to have any measur-
able eftect: we do not feel the light power of the sun pushing us
away. However, for objects of microscopic dimensions (<100 pm)
the radiation pressure of high-intensity light sources is sufficient to
facilitate optical trapping.

When photons enter an object that has a different refractive index
than its surrounding medium, part of the momentum of the
photons can be transferred to this object. This transfer of momen-
tum is the physical principle that underlies optical trapping (see
Fig. 1, right). The forces exerted by photons on an optically
trapped object can be divided into two components: the scattering
force that pushes the object away from the light source, and the
gradient force that pulls the object toward the region of highest
light intensity. The correct physical description of optical trapping
depends on the size 4 of the trapped object in comparison to the
wavelength A of the trapping light. In the regime 4 > 4 one speaks
of the “ray-optics” regime, while the regime where 4 < 1 is called
the Rayleigh regime. In biological experiments where micrometer-
sized objects are trapped, the correct description is often in between
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lateral trapping force axial trapping force

'dpw {} 'dpz

dp,

dp,

Fig. 3 Forces on an optically trapped particle in the ray-optics regime. (a) Lateral gradient force of a Gaussian
laser beam profile. (b) Axial gradient force towards the focus of the trapping light. The white arrows indicate
the net restoring force. Note that the scattering component due to reflection by the particle is not indicated

these two regimes, such that neither description is quantitatively
accurate. To provide a qualitative understanding of optical
trapping, we will here describe the forces in the more intuitively
interpretable ray-optics regime. In the ray-optics regime, the
trapping force can be understood in terms of refraction of light
rays between media with different indices of refraction [32]. Fig-
ure 3 qualitatively depicts the origin of the trapping forces in this
regime. The lateral gradient restoring force (Fig. 3a) can be under-
stood as follows. If rays p; and p, have different intensity, the
momentum changes of these rays (Ap; and Ap,, respectively) differ
in magnitude, causing a net reaction force on the refracting
medium in the direction of highest intensity. The a-projection of
this force, Ap,, tends to counteract a displacement from the laser
beam axis, pulling the particle toward the center of the beam. The
axial gradient force is similarly caused by momentum transfer upon
refraction, resulting in a restoring force towards the focus, as in
Fig. 3b. The scattering force (not depicted) would cause the object
to be propelled out of the focus, along the positive z-direction. The
object is stably trapped only if the scattering force along the positive
z-direction is compensated by the gradient force along the negative
z-direction. To achieve this, a significant fraction of the incident
light should come in at large angles, calling for a tightly focused
trapping light source, typically obtained by using a microscope
objective.
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2.2 Trap Stiffness

2.3 Principles
of Trap Galibration

An optical trap forms a three-dimensional potential well for the
trapped particle. The particle experiences an attractive force toward
the potential minimum, which is located at a stable position where
the trapped particle experiences no net force. Close to the potential
minimum the trap can be approximated to be harmonic, e.g. the
attractive force Fis directly proportional to the displacement x of the
particle according to Hooke’s law: F = —kx. Here, the spring con-
stant x has units [N/m] like a mechanical spring, and represents the
stiftness of the optical trap. Knowledge of the trap stiffness allows
accurate quantification of the external forces acting on a trapped
particle from a measurement of the particle’s displacement. The
trap stiffness, however, is a complex function of the intensity profile
and wavelength of the laser, the shape and size of the particle, the
indices of refraction, and other parameters, and is difficult to calcu-
late from first principles. Therefore, the trap stiffness is commonly
determined by performing calibration experiments. Using a laser of
1 W, the typical trap stiffness that can be obtained in a single-beam
optical trap is in the order of 100 pN/pm.

To allow quantitative measurement of the forces on optically
trapped particles, several calibration methods to measure the trap
stiffness have been developed.

Drayg force calibration: The simplest way to calibrate an optical
trap is to apply an external force of known magnitude and measure
the displacement of the trapped particle. The external force is
typically generated by inducing a fluid flow. The drag force by a
fluid (viscosity #, flow velocity ») on a spherical bead of diameter 4 is
given by Stokes’ law: F = yp, where y is the drag coefficient
y = 3znd. The fluid drag displaces the bead from the center of the
trap until the drag force is opposite and equal to the restoring force
from the optical trap, which yields & = yv/x. The trap stiffness can
thus be obtained by measuring the displacement, x, of a bead of
known size due to the fluid flow of a liquid with known viscosity
and velocity.

Brownian motion calibration: Another, more accurate calibra-
tion procedure is based on the Brownian motion of a bead in an
optical trap, caused by the continuous and random collisions with
solvent molecules. The stiffness of an optical trap can be calibrated
by recording the power spectrum of the displacement fluctuations
of a trapped bead of known size, as shown in Fig. 4. The power
spectrum S(f) describes how the power of these displacement
fluctuations is distributed in frequency f; and is found to have a
Lorentzian shape [33]:

ky T

My
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Fig. 4 Power spectra representative of the positional fluctuations of a particle
trapped at different laser powers. A 1 pm diameter polystyrene bead is held in an
optical trap, while the displacement signal in volts is sampled at 195 kHz. The
graph shows power spectra of the displacement signal at 3 W (dark gray) and at
6 W (light gray) laser power. Both the downward shift of the low-frequency
plateau S, and the upward shift of the corner frequency f; (see arrows at 250 and
650 Hz, obtained from Lorentzian fits) for the stiffer 6 W trap can clearly be
observed

where kT is the available thermal energy. The power spectrum
exhibits a characteristic corner frequency f. = x/2xzy, which is pro-
portional to the trap stiffness. Figure 4 shows that at low frequen-
cies f < fi, the power spectrum is roughly constant,
S(f) = S o = 4yksT/x”. At high frequencies f > f., however,
the power spectrum falls off like 1,/f2, which is characteristic of
free diffusion. The inverse of the corner frequency represents the
time response of the optical trap, which is typically in the order of
1-0.1 ms. For shorter time scales, the particle does not ‘feel’ the
confinement of the trap, which means that behavior of biological
systems at time scales more rapid than this response time cannot be
detected by the optical tweezers. The two power spectra of Fig. 4,
acquired at two different trap stiffness values, illustrate that when a
higher trap stiffness is used (i.e. by increasing the laser power), the
bead fluctuations at low frequencies are reduced, and the time
response of the optical trap increases. On the other hand, a higher
trap stiftness implies smaller bead displacement at a given force,
which implies that there is not necessarily an improvement in
signal-to-noise ratio at elevated trap stiffness [34]. Typical para-
meters to consider for improving the signal-to-noise ratio in force
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or distance measurements include: using a stiff tether (e.g. short
DNA molecule or elevated tension) and/or time averaging the
measurement signal. Using small beads can be of additional benefit:
the faster fluctuations of small beads are more eftectively filtered out
by time averaging than those of large beads. Large beads, on the
other hand, have the advantage that the trapping laser is focused
inside the bead, where it is far away from biomolecules of interest
such that potential photo-damage can be minimized.

It is important to note that, in practice, the detector used to
determine the bead position reads uncalibrated displacement fluc-
tuations #(#) (i.e., as some voltage rather than as a displacement in
nanometers). The response of the detector R, which has units m/V,
relates the displacement to #(#) as x(z) = Ru(z). To fully calibrate an
optical trap, the power spectrum of the uncalibrated displacement
fluctuations S,(f) is fitted with a Lorentzian:

o Su,ofcz
C(FE)

Once the parameters S, ( and f; are obtained, the trap stiffness
can be calculated using.

Su(f)

2kg T
K=——— ork = 2zyf.
”Su,Ofc ¢
and, providing the bead diameter and solvent viscosity are known,
the detector response can be calculated using.

1/2
ke T /253; 5.0 x 107*’m3s7!
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1/2

Finally, to convert uncalibrated displacement data to forces, the
displacement signal should be multiplied by R and the trap stiftness,
such that, F = kx = kRu.

3 Optical Tweezers Systems

An optical tweezers setup consists of various dedicated compo-
nents. In this section, we discuss the role of these components in
optical tweezers function and performance. Below, we divide and
discuss the components in five groups: the trap, the environment of
the trap, trap steering, position and force detection, and the envi-
ronment of the setup. In addition, we also discuss the ability to
combine optical tweezers with other techniques, and the different
optical trapping assays that are typically used in biological experi-
mentation. For illustration, Fig. 5 shows the schematic layout of an
optical tweezers setup that combines two steerable optical traps
with fluorescence microscopy.



3.1 The Optical Trap

Introduction to Optical Tweezers 11

« Force PSD2 = Inverted .
L5 Micro- @
. scope
: a)

L
=l

BFCZD] L7 g

Lll
Optical Trap Steering .. Fluorescence

: PB2 » Microscopy
' MM1 e :
: 9y "YU P DMLIDM4F2L9
: EomN— -1
g PBl M2 i tEpLo O
: HW i CEmmowp
' BEL o :
. HEL I e :
< : b: :
8 nBIC— i & EL
LS P s ] IR

Fig. 5 Optics layout of a typical optical tweezers—fluorescence instrument. The
various parts of the system as described in the text are bounded by dashed
boxes. The optics are divided into four functional units: in the Optical Trap
Steering Unit, two continuously illuminated optical traps are created from a high-
power 1064 nm trapping laser (TL) using polarizing beamsplitter cubes (PB1-2)
and a half-wave plate (HW). Each trap is steered using a dedicated motorized
mirror (MM1-2) located in planes conjugate to the back-focal plane of the
objective lens (OL). Beam expander BE1 allows changing the collimation of the
traps and change their axial position. In the Force Detection Unit, two position
sensitive detectors (PSD1-2) monitor the force and displacement of two
orthogonally polarized traps. The Inverted Microscope Unit is based on a
commercial microscope body and uses a point-source LED to illuminate the
sample plane that is imaged on a bead imaging camera (BIC). The Fluorescence
Microscopy Unit consists of a simple wide-field layout where an excitation laser
(EL) illuminates the sample while the fluorescence signal is imaged onto an
EMCCD (EMC). Diagnostic tools added include the two cameras that image the
condenser’s back-focal plane (BFC1,2). BS beam splitter, CL condenser lens, FC
flow cell, L lens, ND neutral density filter, QWP quarter-wave plate

At the heart of every single-beam optical tweezers instrument is the
microscope objective, which creates a tight focus to form a stable
optical trap. Tight focusing implies that a significant fraction of the
incident light comes in at large angles, such that the scattering force
is overcome by the gradient force. The maximum incidence angle of
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the light 0, is determined by the numerical aperture (NA) of the
objective used to focus the laser beam. This is a measure for the
solid angle over which the objective lens can gather light and is
defined as: NA = # sin ©,,,,, where # is the refractive index of the
immersion medium (i.e., the medium between the objective lens
and the sample) and ©,,,, is one-half the angular aperture. The
value of # varies between 1.0 for air and ~1.5 for most immersion
oils. For typical oil-immersion objectives, an NA of 1.4 corresponds
to a total acceptance angle of the objective of about 130". To obtain
a stable three-dimensional optical trap, the laser beam entering the
objective has to be wide enough to fill or overfill the back aperture
of the objective. This way, one provides sufficient convergent, high-
angle rays that contribute to counteracting the scattering force.

The maximum forces that can be exerted by an optical trap can
be enhanced by either increasing the laser power, or by optimizing
the quality of the focal spot of the laser and the refraction of the
laser by the trapped particle (i.e., choosing the proper optics and
materials with proper optical densities; see below). The laser power
can only be increased up to a certain limit, above which more laser
light would lead to heating or photodamage of the examined
system (often delicate biomaterials), or even of the optics in the
instrument [35]. Therefore, care must be taken to optimize the
quality of the focal spot of the trapping laser. The difference in
refractive index of the trapped object #, compared to that of the
surrounding medium #; determines how strongly the incident rays
are refracted and, consequently, how strong the trapping force is.
The required balance between gradient and scattering forces yields
an optimal refractive index of #, = 1.69 [5]. One often uses silica
(glass) particles (n, = 1.37-1.47) or polystyrene particles
(ny = 1.57). The trapping forces that can be obtained for polysty-
rene particles are thus higher. When using an oil-immersion objec-
tive, the refractive index of the immersion oil matches both that of
the objective lens and that of the glass of the sample. Therefore, the
maximum NA can be achieved with oil-immersion objectives.
However, due to the refractive index mismatch between the sample
glass and the bufter, spherical aberrations deteriorate the quality of
the laser focus when the distance of the focus to the sample surface
increases (optical trapping in water with oil immersion objectives is
typically performed within several tens of micrometers of the glass
surface) [36]. To allow equally stable trapping at any distance to the
surface, water-immersion objectives are often used. Despite the fact
that the NA is somewhat compromised (typically NA = 1.2 for
water immersion objectives), the ability to move away from the
sample surface without lowering the trap quality can be a good
reason to use water-immersion objectives [37].

For optical trapping, single-mode continuous wave lasers with
a Gaussian beam profile (i.e. operated in the lowest, TEMgo, mode)
are commonly used. The laser power typically ranges from a few
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hundred milliwatts up to several watts. Important properties of the
laser for stable trapping are low-intensity fluctuations and high
pointing stability (little angular and transverse wandering of the
beam). Of particular interest for biological experiments is the wave-
length. Since the light intensity at the focus is very high, heating
and damage through light absorption by the often delicate
biological material needs to be considered. Near-infrared lasers
(800-1200 nm, most often the 1064-nm line from diode-pumped
solid state lasers) are typically used, because of the low absorption
of biological material as well as water in this spectral range [5].

Although in current biological applications optical traps are
most commonly formed by tightly focusing a single laser beam
[2], the first stable optical trap was accomplished in 1970 by
using two counter propagating focused laser beams [1]. The
counter propagating layout does not require tight focusing, such
that low NA (<1) objectives, or no objective at all may be used.
Advantageously, this allows for a larger working distance and lower
local light intensity at the trap, making it useful to handle living
cells. The “optical stretcher,” designed to probe the deformability
of individual cells, is a key example of this approach [38].

Microfiuidics: To ascertain well-controlled experimental conditions
in single-molecule experiments, it is often useful—if not required—
to implement a way to bring the biochemical “ingredients”
together under the microscope. The use of microfluidics allows
tor a fine control over this process by fluid flow of minute volumes
of the solutions used. In addition, microfluidic control allows for
drag force calibration of the trap, as well as flow stretching of
biopolymers such as DNA [30]. An alternative way to induce
viscous drag is by moving the fluid reservoir with respect to the
trap using a motorized microscope stage. Particularly useful is the
combination of either a motorized or a piezoelectric stage with a
multichannel laminar flow cell. The laminar flow ensures that dif-
terent buffer flows can be in contact with each other with minimal
buffer mixing. By moving the stage to change the position of the
trapped beads in the microfluidic device, the buffer conditions can
be rapidly and completely exchanged between the regions of ditfer-
ent buffer flow. This facilitates in-situ control of more complex
multistep biological processes and it enhances experimental
throughput Brewer et al. extensively reviewed the use of microflui-
dics devices in single-molecule experiments [29].

Temperature control: In biological experiments, temperature
often plays an important role. As in conventional microscopy, tem-
perature controlled fluidics, stages, and objectives can be used to
control the temperature at which biological processes take place. In
optical tweezers experiments, temperature control of the objective
is, in particular, considered. Objectives with short focal lengths,
required to obtain a tight focus, are necessarily in close contact with
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3.3 Position
and Force Detection

the trapping region through the immersion medium, and act as an
effective heat sink. Moreover, apart from the relevance for the
temperature of the biological system, temperature control of the
objective can be beneficial for the performance of the optical twee-
zers as well. The high laser intensities in optical trapping may
produce heating of the optical components, thus causing optical
drift, increased stabilization time, and /or decreased spatial resolu-
tion. A milliKelvin temperature-stabilized objective has been
employed to obtain base pair resolution in optical tweezers experi-
ments on DNA [39]. Finally, judicious design and analysis of the
experiment is required when large temperature fluctuations are
anticipated. Among other issues, the reliability of (real-time) cali-
bration of optical tweezers using Brownian fluctuations is impacted
by significant temperature fluctuations.

The key to quantitative optical trapping is the accurate detection of
the position of the particle in an optical trap. Within the volume of
the laser focus, the displacement of the particle from its equilibrium
position is directly proportional to the forces acting on this particle.
Several techniques have been developed for sensitive position
detection, which are discussed below.

Lateral position and force detection: The simplest position-
detection scheme relies on video-based imaging of a bead in the
optical trap. Using centroid-tracking or template-matching algo-
rithms, the position of one or multiple beads can be obtained with
sub-pixel resolution (down to several nanometers) either by offline
or online digital video analysis [40, 41]. Although video-based
position detection is simple and direct, it is limited in time resolu-
tion by the video acquisition rate (from typically 25 up to 100 Hz
with faster camera’s). More dedicated imaging techniques where
one bead is directly imaged on a position sensitive detector (PSD)
or quadrant photodiode (QPD) provide a higher time resolution,
but require high magnifications and are thus limited in range and
signal-to-noise ratio [42, 43]. Besides allowing the calculation of
the active forces in a biological system when the trap stiffness is
known, imaging also provides spatial information on the studied
system; observation of the absolute position of beads in the cam-
era’s field of view can provide information on the length scale of a
biological system, such as a stretched biopolymer between two
beads, or the motion of a molecular motor through the field of
view, independent of the optical trapping (cf. Fig. 2).

The highest time resolution (~ps) and spatial resolution (~pm)
is currently obtained with laser-based interferometry techniques for
position detection. Currently, the most common position detection
scheme is back-focal-plane interferometry [44, 45]. Here, the
interference between unscattered and forward-scattered light of a
laser beam focused on a bead is used to provide positional informa-
tion in the two lateral dimensions. By imaging the intensity
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distribution in the back focal plane of a condenser lens on a QPD or
PSD, the recorded signals are rendered insensitive to the location of
the trap in the field of view. A major advantage of these interference
techniques is that the trapping laser can be used to perform
trapping and position detection simultaneously. In this situation,
the detection and trap are intrinsically aligned and only relative
displacements of the bead with respect to the trap are measured.
Displacements of typically up to a few hundred nanometers away
from the center of the optical trap are directly proportional to the
measured shift on the photodiodes in this configuration. On top of
this, simultaneous video analysis of optical images can still be used
to measure absolute positions and distances in the studied system.

Axial  position  detection: True three-dimensional position
detection allows tracking the (suppressed) Brownian motion of
the trapped particle and thereby fully quantifying the forces felt
by the object in the optical trap. This can be accomplished by
combining axial position detection with the abovementioned lat-
eral position detection techniques. The axial position of trapped
particles has been detected by using fluorescence methods, by
performing template-based analysis of bead images (as is often
done in magnetic tweezers [46] experiments or acoustic force
spectroscopy [47], see Chapters 16 and 18, respectively), by mea-
suring the forward scattered light intensity, or by using non-
imaging interference methods [6]. The non-imaging axial interfer-
ence method, in which modulations in the total laser intensity are
detected in the back focal plane of the condenser, is most practical
since it is accurate as well as easily combined with lateral
interference-based detection. Contrary to lateral detection, the
best axial sensitivity is obtained when only the low-NA fraction of
the light is detected [48].

If microscope stage movements do not provide enough flexibility
to manipulate trapped objects, the trapping beam itself can be
steered through the sample. This is particularly useful for steering
multiple traps. Lateral trap movement can be achieved by changing
the incoming angle of the trapping beam into the objective, while
axial movement is effected by changing the level of collimation of
the beam.

In practice, such three-dimensional trap steering can be accom-
plished by moving the lenses in a telescope in front of the objective.
Alternatively, the use of tip-tilt or galvanometric mirrors, for which
accurate and reproducible positioning can be obtained through
closed-loop feedback systems, allows rapid lateral trap movement
up to several kHz. Finally, trap steering can also be accomplished
using acousto-optical deflectors (AODs) and electro-optical deflec-
tors (EODs). These provide higher scanning speeds up to the MHz
range, but typically have more limited ranges. Additional drawbacks
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Fig. 6 Microscopy image of the time-shared optical trapping of 42 beads using
AODs. This image demonstrates the smallest game of Tetris ever played. The
corresponding video can be found online at https:/www.youtube.com/watch?
v=jCdnBmQZ6_s

are the lower throughput efficiency and inhomogeneous diffraction
of AODs and the high costs of EODs.

To avoid nonlinearities in the lateral trap steering, it is impor-
tant to place the steering elements in the setup such that the angular
deflection from the optical axis originates in planes conjugate to the
back-focal plane of the objective. Otherwise, the transmitted laser
power and therefore the trap stiffness will be dependent on the
position in the sample. Finally, it is important to realize that trapped
objects are limited in manipulation speed. Viscous drag will cause
the trapped particle to escape from the trap at high steering speeds.

If scanned across multiple positions, galvanometric-mirrors and
the even faster AODs, AOMs or EODs can be used to generate
multiple traps from a single laser source (see Fig. 6). If the laser is
scanned rapidly enough, a trapped particle may not sense the
transient absence of the optical trap when at the other scanned
positions. This way of generating multiple traps is called trap multi-
plexing or “time-sharing.” In contrast to time-shared trapping,
continuous trapping generates optical traps that are stable over all
time scales. Time-shared optical traps, on the other hand, provide
more flexibility in the number of traps, but typically require addi-
tional feedback-electronics to compensate for deflection-
dependent variations in trap stiffness. An alternative approach to
generate multiple traps from a single laser line is provided by
diffractive optical elements such as spatial light modulators
(SLMs). Multiple trap generation and steering in this case rely on
the holographic pattern that causes the incident laser to diffract
into separate foci in the sample. Holographic schemes based on
SLMs are constrained in straightforward use of interferometric
position and force sensing schemes.
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To ensure stability and high spatial resolution, the environment of
the optical tweezers setup needs to be well controlled. Common
precautions include the use of passively damping optical tables, and
temperature stabilization within 0.5-0.1 K. Convection of the air in
the optical pathway can induce beam deviations through local
density fluctuations. These effects can be minimized either by
enclosing the optical path, reducing the optical path length, and
reducing the number of foci along the optical path, since the beam
is more sensitive to local density fluctuations in these focal points.
For the most demanding applications, optical tweezers instruments
have been placed in acoustically isolated rooms with air condition-
ing equipment that filters out dust particles in the air. Although the
ultimate resolution of a single base pair of DNA was first demon-
strated using an instrument in which the ambient air was replaced
by helium, the even lower refractive index of which renders the
instrument less susceptible to density fluctuations of the gas, such
resolution was later matched using a setup that did not replace
ambient air [ 34, 49].

Optical tweezers instruments are composed of common micros-
copy components and are often incorporated into commercial
microscopes. This makes it attractive to combine optical tweezers,
and their high level of control, with the capabilities of other optical
techniques in order to study biological systems in greater detail.
The design of an optical tweezers instrument, however, will directly
influence its capabilities and to what extent other microscopy or
related techniques can be integrated with it.

The counter propagating beams layout, for instance, which
requires critical coaxial alignment, is difficult to implement in con-
ventional microscopes, and puts strong restrictions on the optics
and additional functionalities of the experimental setup. A single
beam optical trap, on the other hand, requires a tightly focused
laser beam for stable trapping, which in turn requires a high-NA
objective lens and a suitably expanded laser beam at the input
aperture. Other than that, no strong requirements are imposed
on the microscope, which renders the single-beam trap the more
widely used configuration.

An enabling development is the integration of sensitive fluores-
cence microscopy with optical tweezers [8, 30, 50-52]. The direct
visualization of single molecules in controlled optical tweezers
manipulation experiments has proven a powerful method for the
detailed investigation of biomolecular systems, in particular for
unraveling DNA-protein interactions [ 30, 53, 54]. In these experi-
ments, DNA is manipulated with optical tweezers, while local and
specific information on the binding and activity of proteins inter-
acting with the DNA is directly obtained through fluorescence
microscopy. Changes in DNA structure due to DNA—protein inter-
actions or movement of proteins along DNA can thus be
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3.7 Optical Trapping
Assays Employed
in Biology

simultaneously studied with force spectroscopy and fluorescence
microscopy, providing a high level of versatility and unambiguity in
these experiments [55]. Here, wide-field fluorescence microscopy
provides robust and straightforward imaging capabilities, while
confocal fluorescence microscopy allows real-time analysis of
molecular activity in presence of up to two orders of magnitude
higher background concentration of labeled proteins than in wide-
field configuration. Furthermore, other advanced optical micros-
copy techniques such as polarization spectroscopy and Forster
resonance energy transfer (FRET) have been successfully combined
with optical tweezers [50, 56-58] New possibilities of these com-
binations include study of, for example, the spatial and temporal
dynamics of DNA repair processes [54, 59, 60] and structure-
function relationships of DNA-binding enzymes [50]. A further
development involves the integration of super-resolution micros-
copy with optical trapping, which allows single-molecule analysis
even at elevated protein densities. Such measurement allows linking
idealized in vitro conditions with the dense and crowded situation
in vivo [61]. Finally, fluorescence microscopy also aids analysis of
mechanically less well-defined systems such as intermediate fila-
ments [62] and membrane-based systems [63].

Several experimental layouts have been developed to employ optical
tweezers in biology. The simplest layout consists of a single optical
trap, in which particles can be manipulated and, optionally, forces
between the trapped particle and its surroundings can be measured.
A single optical trap has for instance been used to perform force
spectroscopy on biomolecular systems that are tethered between
the trap and a fixed substrate (see Fig. 2, top). Examples of experi-
ments using this geometry include measurements of the mechanical
and structural properties of biopolymers tethered between a
trapped bead and a fixed substrate (i.c., a glass slide, or a bead
held by a micropipette [17]), and measurements of the forces
involved in biomolecular activity [11, 22]. This activity can be
observed either directly, such as in the motion of motor proteins
tethered to a trapped bead, or indirectly, by measuring structural
changes in biomolecules such as DNA due to enzymatic activity.
The fixed substrate can also be replaced by a particle trapped in
a second optical trap (see Fig. 2, bottom). In this dual trap assay, a
biomolecular system tethered between two trapped beads can thus
be fully suspended in solution, which prevents unwanted surface
interactions. In addition, this layout suppresses noise associated
with fluctuations or drift in the relative positions of the optical
trap and a fixed substrate. This geometry has been employed to
obtain single base pair resolution of RNA polymerase activity [49].
Finally, advanced optical trapping geometries include the use of
multiple optical traps (see Fig. 6), which allows manipulating large
biological structures, and multiple colloidal particles [64-67]. On
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the single-molecule level, multiple optical traps have been used to
measure interactions of multiple DNA molecules and bound pro-
teins [25, 68] In particular in combination with fluorescence
microscopy, such dual molecule experiments allow dissecting
more complex molecular architectures that were previously not
accessible [59].

4 Commercial Optical Tweezers Systems

The design and construction of an optical tweezers instrument can
be a tedious task, requiring practical and theoretical experience in
fields ranging from laser physics, optics, thermodynamics, hydro-
dynamics, analog, and digital electronics to computer science in
order to allow some level of computer control of the instrument as
well as data acquisition. In addition, the maintenance of a home-
built instrument can be time-consuming as well. In view of that, it
needs little explanation that many life science researchers hesitate to
switch to this type of experimentation.

During the past decade, several companies have started offering
commercial solutions for optical trapping experiments [31]. These
solutions range from do-it-yourself kits like that of Thorlabs, Elliot
Scientific, or the miniTweezers (see http: //tweezerslab.unipr.it) to
fully automated turn-key platforms. Most manufacturers provide
instruments that can be flexibly attached or integrated into a standard
research-grade inverted optical microscope. Depending on the details
of the instrument, this may leave open the possibility to configure the
optical microscope in order to combine optical tweezers with other
microscope techniques, such as fluorescence microscopy.

A number of commercial suppliers offer optical tweezers instru-
mentation primarily as a micromanipulation add-on or standalone.
This includes suppliers like Aresis, Elliot Scientific, Meadowlark,
Molecular Machines and Industries, Thorlabs, and Zeiss. In these
systems, the hardware for trap position control ranges from piezo-
stages or galvanometric mirrors to AODs and holographic optical
trapping. Some of these systems are integrated with microdissection
equipment for controllably cutting cells or tissue such as the Zeiss
PALM product series and those from Molecular Machines and
Industries (MMI), which originate from the microdissection field.

Most relevant for quantitative single-molecule analyses as
described in this book are accurate force-sensing optical tweezers
microscopes such as the NanoTracker series from JPK Instruments
and the C-Trap from LUMICKS (see Fig. 7). Both these systems are
compatible with multichannel microfluidics and fluorescence
microscopy. While the C-Trap is a complete system solution
integrated with microfluidics, confocal microscopy and/or STED
nanoscopy, the NanoTracker is based on a third-party inverted
microscope and fluorescence microscopy hardware.
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Fig. 7 Left. Dr. Remus T. Dame (Leiden University, The Netherlands) using his NanoTracker from JPK
Instruments. Right. Dr. Mattijs de Groot using the C-Trap from Lumicks

When considering the purchase of a commercial optical tweezers
instrument, several aspects should be kept in mind. Obviously, the
first thing to define is the main application or application range for
the instrument. Is the system going to be used only for manipula-
tion, or is quantification of the forces exerted going to be useful? Do
the applications demand ultra-high resolution force spectroscopy: Is
fluorescence imaging required, and what level of hardware and /or
software integration with optical trapping serves the biological appli-
cation best? Throughput and workflow are particularly important
features in single-molecule analyses that face the task of gathering
large statistics on a molecule-by-molecule basis. Finally, characteris-
tics such as workflow, throughput, and user-friendliness are best
assessed in a live demonstration of the instrument.

5 Concluding Remarks

Optical tweezers techniques form an invaluable addition to the
single-molecule toolkit. These minimally invasive techniques pro-
vide scientists with the ability to actively manipulate biomolecules
with nanometer precision, and to measure or apply forces with
(sub)picoNewton resolution. Examples of the application of these
powerful tools in molecular biology include the study of active
molecular motors, the mechanical properties of DNA, and the
mechanochemistry of DNA-protein interactions. Commercial
optical tweezers systems are becoming increasingly available,
which makes this powerful and versatile technique accessible to a
broad range of researchers from different backgrounds and will
undoubtedly drive new biological discoveries on the single-
molecule level. The following chapters will describe detailed meth-
ods and protocols of several applications of optical tweezers in
molecular biology.
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Chapter 2

RNA Unzipping and Force Measurements with a Dual

Optical Trap

Laurent Geffroy, Pierre Mangeol, Thierry Bizebard,
and Ulrich Bockelmann

Abstract

In order to mechanically unfold a single RNA molecule, an RNA/DNA hybrid construction is prepared
which allows specific attachment to two micrometer-sized beads. A dual-beam optical trap thus holding the
construct in solution captures the beads separately. Unfolding of a molecule is obtained by increasing the
distance between the traps, one trap being slowly moved while the other is held fixed. Force is measured to
sub-piconewton precision by back focal plane interferometry of the bead in the fixed trap. The experiment
allows us to measure structure and base-sequence-dependent force signals. In this chapter, important
technical aspects of this type of single-molecule force measurements are considered.

Key words RNA, DNA, Single-molecule, Optical trap, Force, Unzipping, Molecular construction

1 Introduction

The field of single-molecule force measurements on nucleic acids
started more than 15 years ago. It has thrived ever since and has
been covered by a number of reviews [1-4]. The most noteworthy
feature common to all single-molecule techniques is the absence of
ensemble averaging. This aspect is particularly highlighted in
nucleic acid unzipping measurements. Base-sequence-dependent
force signals are observed in DNA unzipping [5-9], while the
signals observed upon unzipping RNA structures depend on struc-
ture and base sequence [10-21]. The double optical tweezers
configuration, which can achieve very accurate and low drift mea-
surements, enables the reproducible observation of these features

on a single molecule.

Unzipping experiments require many different elements to be
carefully tuned for optimal results. These preparations are the very
essential condition to record high-quality force signals. There are
many possible reasons for failure; some of them are listed in
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Subheading 4. The chapter provides protocols and notes on the
setup of a dual optical trap, the preparation of the molecular con-
structions and an example of a single-molecule RNA unzipping
measurement. Other important technical points, not addressed in
detail here, include the preparation and surface functionalization of
the beads, the force calibration of the setup and the details of data
acquisition and analysis. Methods and protocols of DNA unzipping
measurements were described in the first edition of this book [22].

2 Materials

2.1 Dual Optical Trap 1.

2.2 Molecular 1.

Gonstructs

Trapping laser: CW, linearly polarized, diode pumped, Nd:
YVOy laser, emitting at 1.064 pm with a maximum power of
10 W. Millenia IR, Spectra-Physics, Mountain View, CA, USA.

. Trapping objective: 100x N.A. = 1.4 oil immersion objective,

Plan Apo IR, Nikon, Tokyo, Japan.

. Condenser objective: 60x N.A. = 1.2 water immersion objec-

tive, UPlanSApo, Olympus, Tokyo, Japan.

. Beam steering: piezoelectric mirror mount with an integrated

position sensor operating in a feedback loop (Mad City Labs
Inc., Madison, WI, USA).

. Acousto-optic frequency shifter (AA Optoelectronic, Orsay,

France).

. Position-sensitive detector (Pacific Silicon Sensor,Westlake Vil-

lage, CA, USA).

DNA oligonucleotides (see Note 1):

- Oligo “F”: 5'-TAA TAC GAC TCA CTA TAG GGA GAC
CAC AAC GG-3'.

— Oligo “R”: 5'-TGA GCA TTA TGA TCA ATG CCA AAT
GTG-3'.

- Oligo “la”: 5-TAC GAC TCA CTC GAG GGA GAC
CAC-3'.

- Oligo “1b”: 5-TGG GTT GTT TCC CTC TTC ACG
ACGG-3'.

— Oligo “2a”: 5’ biotin-GCT GAG CAT TAT GAT CAATGC
CAA ATG-3'.

- Oligo “2b”: 5'-GCG ACG CTT ATG CGT TGT TGG
GTA GG-3'.

. Modified nucleotide:  Biotin-14-dATP  (ThermoFisher

Scientific).
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and Beads
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3. “RiboMax™ Large Scale RNA production System (T7 ver-
sion)” kit (Promega), including T7 RNA polymerase and
accompanying enzymes and products.

4. “Phusion® High-Fidelity PCR” kit (New England Biolabs),

including Phusion DNA polymerase and accompanying
products.

5. Restriction enzyme Xhol (4 buffer ‘CutSmart’, New England
Biolabs).

6. Klenow Fragment (3’ — 5’ exo-) of E. coli DNA Polymerase I
(New England Biolabs).

7. “NucleoSpin® Gel and PCR Clean-up” and “NucleoSpin®
RNA Clean-up” nucleic acid purification kits (Macherey-
Nagel).

8. Agarose and agarose gel apparatus, gel staining chemicals and
gel analysis devices.

9. Hybridization bufter: 80% (V/V) formamide, 0.4 M NaCl,
40 mM Pipes pH 6.5, 1 mM EDTA).

10. Spin columns: Illustra™ MicroSpin G50 (GE Healthcare).

11. Working bufter: 100400 mM KCI, 5 mM MgCl,, 20 mM
Hepes Na pH 7.6.

1. Coverslips: 21 x 26 mm #1 (Menzel-Glaser).

2. Streptavidin-coated, 0.96 pm diameter Silica beads 1% (w/v)
(ProActive™ Microspheres, Polysciences). The beads are stored
at 0.1% (w/v) concentration in Polylink wash and storage
buftfer (PolyLink Protein Coupling Kit for COOH Micropar-
ticles, Polysciences) supplemented with 1% (w/v) Polyvinylpyr-
rolidone, 0.1% (v/v) Tween 20.

3 Methods

3.1 The Dual Optical
Trap Setup

Our setup is presented schematically in Fig. 1. It is based on a
custom-designed inverted microscope. The optical components
are mounted on an optical table for vibration isolation. For
trapping and force detection, we use a diode pumped near-infrared
laser. To create two independent traps, a polarizing cube C1 splits
the laser beam by polarization. A half-wave plate allows us to adjust
the distribution of the laser intensity on the two polarizations. The
direction of one of the two beams is varied by a piezoelectric mirror
mount. Moreover, the frequency of one beam is shifted compared
to the frequency of the other one, with an acousto-optic modulator
(“frequency shifter”). This procedure eliminates the interference
taking place between the two beams on the detection plane [23]
(see Notes 2 and 3). After recombination with a second polarizing
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frequency shifter

piezo stage
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Fig. 1 Schematic layout of the dual optical trap setup. The trapping beams are indicated in dark grey and the
illumination path in light grey. The optical components are described in the text

PSD

cube C2, the two beams exhibit perpendicular polarization, and
their directions of propagation are slightly different, in order to
create two laterally separated traps in the sample. To this end, lenses
L3 and 14 image the center of the mirror mounted on the piezo-
electric stage on the back focal plane of the trapping objective.
The beams are focused by the trapping objective, pass through
the sample and are then collimated by the condenser objective. One
of the two beams is removed with a Glan-laser polarizer. Finally,
lens L5 images the back focal plane of the condenser objective on a
position-sensitive detector. Part of the optical path is also used to
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RNA under
investigation

-+ .
5’ biotin

3’ biotin

hybrid RNA / DNA « handles »

Fig. 2 The RNA/DNA hybrid molecular construction used in the force measure-
ments: a single-stranded RNA molecule (in grey), containing the RNA part to be
investigated (illustrated in this figure as a schematic hairpin), is hybridized to two
complementary single-stranded DNAs (in black); each one of the ssDNA is
~2000-3000 nt long and is chemically modified at one of its extremities by a
biotin moiety—so as to form two hybrid RNA/DNA “handles,” which allow the
single molecule to be easily manipulated

image the beads on a CCD camera. To avoid fluctuations from air
currents, the optical path is fully enclosed. Most mechanical parts
are custom designed to reduce drifts and vibrations.

A typical RNA/DNA hybrid molecular construction is shown
schematically in Fig. 2.

(Of note: in the following paragraphs, all volumes and concentra-
tions refer to final concentrations, after all components have been
added).

To synthetize all the nucleic acids (RNA and DNAs) necessary
for the molecular construct shown in Fig. 2, we started from a
homemade plasmid (named pT7rrnB), which contains a modified
rrnB operon from Escherichia coli: this modification consists of the
replacement of the natural promoter sequence by a standard pro-
moter of T7 phage RNA polymerase.

The RNA sequence of interest to us in this article and in
previous papers [10, 16] consists of nucleotides 991-1163 of the
E. coli 23S rRNA-sequence, located approximately in the middle of
the rrnB operon.

A flowchart of the whole procedure to synthetize the desired
RNA/DNA hybrid molecular construct is shown in Fig. 3.
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Fig. 3 Flowchart of the procedure to synthetize the desired RNA/DNA hybrid molecular construction

RNA/DNA hybrid

3.2.2  RNA Preparation The RNA part of the construct is prepared by standard in vitro
transcription: the DNA molecule necessary for transcription can be
obtained either by runoff transcription from the linearization of
pT7rrnB plasmid, or by an adequate PCR from the same plasmid
(described below).

1. Preparation of DNA template for transcription by PCR; the
reaction mix consists of: pT7rrnB (0.1 ng/pl), oligo “F” and
oligo “R” at 500 nM each, dNTDPs at 0.2 mM each, Phusion
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DNA polymerase (0.02 U/pL), all these components in Phu-
sion HF buffer, in a final volume of 100 pL. The PCR reaction
is immediately started: 30 s at 98 °C, then 30 cycles (10 s at
98 °C, 2 min at 72 °C for each cycle), and finally 5 min at
72 °C.

. The PCR product is desalted and purified using the ‘NucleoS-

pin® Gel and PCR Clean-up’ kit, and finally resuspended in
30 pL of elution buffer. DNA concentration is estimated from
its OD at 260 nm (using an extinction coefficient of 20 (mg/
mL)~" em™!). PCR product purity is checked on a 0.7% aga-
rose gel.

. The in vitro transcription reaction mix consists of: 2.5 pg of

purified PCR product, 7.5 mM of each NTP, 5 pL of ‘Enzyme
Mix’, with buffer conditions adjusted to be in 1x “T7 Tran-
scription Buffer’, for a final volume of 50 pL. The transcription
reaction is incubated during 3 h at 37 °C. Afterwards, RQ1
DNasel (0.05 U/pL) is added to the reaction mix and the
reaction further incubated 15 min at 37 °C—in order to digest
the DNA present in the mixture.

. The RNA is purified and desalted using the ‘NucleoSpin® RNA

Clean-up’ kit, according to the instructions of the
manufacturer.

. RNA concentration is estimated from its OD at 260 nm (using

an extinction coefficient of 25 (mg/mL)™' cm™"). RNA tran-
script purity is checked on a native 0.7% agarose gel. Finally, the
purified RNA is stored by aliquots either at —20 °C (short-term
storage), or at —80 °C (long-term storage).

. DNA handles are obtained by PCR. We list in Subheading 2 the

primers we have used in our case: primers “la” and “1b” for
the 1st handle; primers “2a” and “2b” for the 2nd handle—
please note that primer “2a” is chemically modified with a
biotin at its 5" extremity, hence allowing direct incorporation
of the label in the PCR product.

. The two PCR reaction mixtures consist of: pT7rrnB (0.2 ng/p

L), the two primers (see above) at 500 nM each, dNTPs at
0.2 mM each, Phusion DNA polymerase (0.02 U/pL), all
these components in Phusion HF buffer, in a final volume of
100 pL (for each PCR). The two PCR reactions are immedi-
ately started: 30 s at 98 °C, then 30 cycles (10 s at 98 °C, 30 s at
60 °C, 1 min at 72 °C for each cycle), and finally 5 min at
72 °C.

. PCR products are desalted and purified using the ‘NucleoS-

pin® Gel and PCR Clean-up’ kit, and finally resuspended in
30 pL of elution buffer. DNA concentrations are estimated
from their ODs at 260 nm (using an extinction coefficient of
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3.2.4 RNA/DNA Hybrid
Preparation

20 (mg/mL)"! cm™!). PCR products purity is checked on a
0.7% agarose gel. Finally, the purified DNAs are stored at
—20°C.

4. Biotinylation of the “la”-“1b” DNA handle:

Contrary to the “2a”—“2b” handle which has a label (biotin)
necessary for mechanical manipulations directly incorporated
to one of its 5’ extremities, the “la”-“1b” DNA handle must
be labeled at one of its 3’ extremities: one of the possible
strategies to perform this 3’ extremity labeling is to digest the
DNA with an appropriate restriction enzyme and to fill the
ensuing 5-overhang with a polymerase able to incorporate
chemically modified nucleotides (see Note 4). The protocol
we use to do this is detailed below.

5. The purified “1a”-“1b” PCR fragment (adjusted at 150 ng/p
L) is incubated with restriction enzyme Xhol (2 U/pL) in
‘CutSmart’ buffer, during 4 h at 37 °C. Then, this mixture is
directly supplemented with 35 pM dGTP, 35 pM dCTP, 35 uM
dTTP, 35 pM biotin-14-dATP and Klenow Fragment (0.1 U/
pl), and incubated 15 min at 25 °C. The reaction is stopped by
adding EDTA (10 mM) and incubating at 75 °C during
20 min. Finally, the biotinylated DNA handle is desalted and
purified using the ‘NucleoSpin® Gel and PCR Clean-up’ kit,
and resuspended in 30 pL of elution buffer.

The final RNA /DNA hybrid molecular construct shown in Fig. 2 is
obtained from the single-stranded RNA (prepared as described in
Subheading 3.2.2) and the two double-stranded DNA “handles”
(prepared as described in Subheading 3.2.3) using the following
strategy.

RNA/DNA double-stranded hybrid molecules are thermody-
namically more stable than double-stranded DNA of the same
sequence and consequently one can find experimental conditions
where the dsDNA is (predominantly) denatured and the ds RNA/
DNA hybrid is (predominantly) in native conformation. Once
equilibrium in these conditions is achieved, the preparation is
brought back to biochemically standard conditions, and can be
used as such in single-molecule force experiments.

Practically: RNA and DNAs are first mixed in “hybridization
buffer,” brought to high temperature to enforce all nucleic acids to

be single-stranded, then the temperature is adjusted to favor
annealing of RNA /DNA hybrids.

1. The three nucleic acids are mixed together: 0.1 pmol of RNA
and 0.3 pmol of each one of the two chemically modified DNA
“handles” in hybridization buffer in a final volume of 25 pL.

Using a PCR machine, the mixture is incubated 10 min at
85 °C, then during 1 hour at 56 °C (se¢ Note 5).
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3.3.2 Sequence of a
Typical Unzipping
Experiment
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. Following the hybridization step, the mixture is twice desalted

(to remove all traces of formamide) using spin columns. Finally,
a RNA renaturation step is performed—to ensure that the
RNA sequence of interest is properly folded: to do this, the
preparation is adjusted to “working buffer” conditions and
subjected to a “slow-cooling” protocol (using a standard
PCR machine): first, incubation during 10 min at 60 °C, then
gradual cooling to room temperature over 1 h.

. To control the formation of the RNA/DNA hybrid and to

estimate its effective concentration, 50 ng of the hybrid can
be loaded on a 0.7% agarose gel, run and stained in standard
conditions as routinely used for dsDNA quality control.

. Finally, the preparation is stored by aliquots at —20 °C. It can

be used as such—with no additional purification (se¢ Note 6)—
in single-molecule force experiments: simply thaw an aliquot at
room temperature and dilute it in working buffer as necessary
(see Subheading 3.3.1 steps 1 and 2).

. Prepare the complex composed of RNA /DNA hybrid and two

beads. We use 0.96 pm diameter streptavidin coated silica beads
and a 10-50 times dilution in “working bufter” of the molecu-
lar construct stock (see Note 7). A mixture containing 0.5 pL of
the molecular construct dilution and 0.5 pL. of beads (five times
diluted in beads storage buffer) is centrifuged at 30 x g for
6 min and then incubated 1 h at room temperature.

. Add “working buffer” up to 10 pL final and very carefully

resuspend the beads (by slowly pipetting up and down: if the
injection is too rough, the RNA/DNA hybrid-beads complex
might break).

. Prepare the sample cell made of two PEG-passivated coverslips

glued with Parafilm (see Fig. 4). PEG passivation is performed
according to published protocols (for example, see ref. 24).

. Gently inject the RNA/DNA hybrid-beads solution through

the channel by capillarity.

. Seal the cell with wax to avoid any evaporation.

6. Switch on the laser and acousto-optic modulator 1 h before the

measurements to reach thermal equilibrium (see Note 8). The
laser should go through the objectives during this period.

. Place the sample in the microscope.

. Check that the beam is proper for detection use.

. Search for the appropriate bead duplexes, i.e. two 0.96 pm-

sized beads separated typically by 500 nm. Such duplexes are
likely to be linked by a RNA/DNA hybrid molecule and so to
be opened (see Note 9).
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Fig. 4 Preparation of a sample cell. (a) Two coverslips are glued together using
Parafiim. (b) The solution containing the RNA/DNA-bead complex is gently
injected into the cell by capillarity. (c) The cell is sealed to avoid evaporation
of the solution

. Initially separate the two traps (about 1.2 pm for the 0.96 pm

beads) so that you can trap each bead in a different trap.

. Trap one bead in each trap.

. Move the objective to focus the laser in the sample at about

5 pm above the glass—water interface.

. Using the piezoelectric stage pull apart the two traps at a

displacement velocity between 5 and 500 nm/s.

. Monitor the force extension curves in real time and assure that

during the cycle no free beads enter one of the traps otherwise
the force measurement will be erroneous.

. Finally stretch the molecule until it breaks and calibrate the

force measurement. For instance, a power spectrum can be
recorded and analyzed in order to determine the trap stiffness
and the conversion factor between the force and the output
voltage of the position-sensitive detector electronics.

3.3.3 Example ofa Force A typical force versus displacement curve is shown in Fig. 5. First,
Versus Displacement Curve ~ the curve exhibits an initial flat region at low displacement
corresponding to a relaxed RNA/DNA hybrid molecule. Then
the force increases nonlinearly with respect to displacement,
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Fig. 5 Typical force versus displacement curve of an RNA/DNA hybrid molecule
for 50 nm/s displacement velocity. The radii of the trapped beads have been
subtracted

which corresponds to the elastic response of the double-stranded
RNA/DNA hybrid under stretching.

Next, one can see saw-tooth-shaped features in the force signal
which occur around 10 pN. These features correspond to the
unzipping of the single-stranded RNA part of the molecular con-
struction and involve three intermediate states. Afterwards, force
rises again: one observes the elastic response of both linkers RNA/
DNA hybrids in series with the fully opened single-stranded RNA.

4 Notes

1. As the correctness of all oligonucleotide sequences is of utmost
importance for the success of the whole molecular construction
procedure, one should ensure that all oligonucleotides are of
high purity (if possible, HPLC-purified), and that they are all
subjected to adequate quality-control (for example, by mass
spectrometry).

2. Interference and crosstalk. The two beams used in the dual
optical trap are of perpendicular polarization before entering
the trapping objective. The purpose of the perpendicular polar-
ization is to avoid interference of the two beams to allow
detection and force measurement on only one trap (typically
the fixed one).
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Fig. 6 Force measurements with two 0.97 pm silica beads without DNA trapped
with the frequency shifter on (bottom: ks = 213 pN/pm and P = 910 mW) and
off (fop: k= 192 pN/um and P = 800 mW). The displacement velocity
between the two beads is 1 um/s, and sampling is done at 800 Hz with an
anti-aliasing filter of 352 Hz. The signal measured without the frequency shifter
on is shifted vertically for better visualization

Unfortunately, as known from polarization microscopy, the
polarization of light is not fully conserved when going through
conventional microscope objectives [25,26]. The separation of
the two beams before detection is therefore never complete and
an important problem appears: the beams interfere and create a
parasitic signal when measuring force, especially at high laser
power and small distance between the traps (Fig. 6).
However, a solution for this problem is accessible. One can
shift the frequency of one of the two beams with an acousto-
optic modulator at a few tens of MHz [23]. The beams still
interfere, but the interference pattern moves so fast that the
electronics does not detect it, due to low pass filtering. The
effect of interference can thus be totally eliminated (Fig. 6). A
fraction of light coming from the non-desired beam is still
present but it is usually small enough to be neglected (below
2% of the total force signal in our case).

. Regulation of the relative height of the two beads. The use of

an acousto-optic modulator on the path of one of the beam or
trapping two different types of beads in the two traps may lead
to an undesirable consequence: the two beads may not be
trapped in the same plane.
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Fig. 7 Force measurement on two different trapped beads on the z direction
while oscillating the coverslip height. When a bead touches the coverslip, the
force increases quickly. Top curve, measurement for a 1.87 pm polystyrene
bead, bottom curve, measurement for a 0.97 pm silica bead

A good estimation of the distance between the two beads along
the axis of beam propagation (z) can be achieved if the setup
has a piezoelectric translator in this direction and two photo-
diodes to measure the force acting on the beads in the z
direction (as the total light received on the detector using the
back focal plane method is proportional to this force). By
oscillating the position of the translator, one can reach posi-
tions where the beads touch the coverslip and determine these
positions by measuring the force acting on the bead in the z
direction, as when a bead touches the coverslip the force in z
direction increases quickly. An example of this measurement is
shown in Fig. 7.
If the distance between the two beads is not the desired one, a
telescope can be added in the path of one of the beam to adjust
its diameter and change the relative height of the bead trapped
by this beam. One should remind that these measurements are
done close to the surface. If the experiment is carried out far
away from the surface, specific calibrations have to be per-
formed. In our case, this adjustment is still correct up to 5 pm.
4. For this, a Xhol restriction site was purposedly designed in
oligo “la” (with, of course, the mandatory verification that
this restriction site was unique in the DNA sequence) to create
a 5’-overhang. It is then possible to fill the overhang with a
polymerase able to incorporate an adequate biotinylated
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nucleotide (we have used biotin-14-dATP): the Klenow Frag-
ment (3'— 5 exo-) of E. coli DNA Polymerase T is able to fulfill
this role.

. In our case, 56 °C corresponds to the optimal hybridization

temperature for the GC content of our handles. In a more
general case, one can refer to the article of Dean [27] to find
the optimal hybridization temperature of any RNA/DNA
hybrid construct.

. In our hands, we have found that further purification of the

desired molecular construct (i.e. hybrid RNA/DNA with two
DNA handles, as in Fig. 2) was not necessary. The probable
reason for this observation is the following: this molecular
construct is the sole nucleic acid in the preparation possessing
one attached biotin moiety at each one of'its extremities. Thus,
the selection of adequate couple of beads during the single-
molecule force experiment (see Subheading 3.3.2, step 1) is
itself a very efficient purification step!

. Beads and molecular construct concentrations. One has to test

several molecular construction concentrations to work under
optimal conditions for stretching experiments. Moreover, the
molecular construction concentration to be used depends on
the concentration used for the beads. One can typically tune
the bead concentration which allows convenient work for force
measurement and find the right molecular construction dilu-
tion to be used, i.e. between 10 and 50 times in our hands.

. Thermal drift. The trapping laser is usually chosen so that it

does not significantly damage and warm up too much samples
and biological molecules; near infrared lasers can solve this
issue properly. However, the light power is usually high enough
to induce an unavoidable rise in temperature. Local heating of
the solution close to a trapped particle has been reported
previously and modeled with success [28].

We focus here on heating of the trapping objective. Even if this
heating is the most obvious one, it has not been reported in the
literature. It is important to know to which extent an objective
is heated, first because it will expand and produce mechanical
drift and second because since the immersion objective is in
thermal contact to the sample it can heat the latter. Knowing
the real temperature of a sample is crucial for trap calibration as
well as for temperature-dependent biological processes which
are studied with optical tweezers.

We measured the temperature of the tip of the trapping objec-
tive with a thermocouple (Fig. 8). Initially the objective was at
room temperature and we started the measurement when the
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Fig. 8 Temperature measurement on the trapping objective tip (grey crosses)
and exponential fits for temperature increasing and decreasing (dashed curves).
The trapping laser is switched on at time £= 0 min and switched off at t = 125
min

laser started to go through the objective. After 125 min we
switched off the laser and let the objective cool down. We
found that both heating and cooling can be properly fitted by
simple exponential laws (AT e ") with a typical time 7 of
about 20 min and a change in temperature A7Tof about 6.5 °C.
The important consequences of this measurement are the
following:
— Temperature variations induce mechanical drifts that can
expand objectives and translate the position of the focal
point by about ten micrometers.

— Before starting an experiment the laser has to go through
the trapping objective for an hour at least. It should be
avoided to switch off the laser for more than 5 min.

— In steady state the sample temperature can be several
degrees above the ambient temperature.

9. It can be tricky for a new experimentalist to make the distinc-
tion between two stuck beads and those linked by a RNA/
DNA hybrid molecule. The rule of thumb is that the beads
linked by a RNA/DNA hybrid molecule would exhibit an
uncorrelated Brownian motion.
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Chapter 3

Protein Tethering for Folding Studies

Fatemeh Moayed, Roeland J. van Wijk, David P. Minde,
and Sander J. Tans

Abstract

Optical tweezers allow the detection of unfolding and refolding transitions in individual proteins, and how
interacting molecules such as chaperones affect these transitions. Typical methods that tether individual
proteins are based on cysteine chemistry, which is less suitable for proteins with essential cysteines. Here we
describe a cysteine-independent tethering protocol that can be performed in situ.

Key words Protein folding, Single-molecule detection, Protein-DNA chimera, Cysteine-indepen-
dent linkages, In-situ tethering

1 Introduction

Optical tweezers allow one to study the folding and unfolding dynam-
ics of individual proteins and subdomains. This approach has for
instance provided insight into the step-wise nature of this process
[1], the statistics of these transitions and the elucidation of the under-
lying folding landscape [2-5], the detection of the folding transition
state [6], aggregation intermediate formation [7, 8] as well as the
eftect of chaperones on the folding process [9-11]. A common chal-
lenge in these experiments is the ability to specifically tether a single
copy of the protein of interest between two trapped beads, which can
be achieved using DNA strands as linkers [ 12 ]. DNA linkers of several
100 nm in length are typically used in order to limit nonspecific
interactions between beads and interference between the laser bead
that trap the bead particles and to minimize the risk of chemical
modifications by reactive oxygen species under laser illumination.
Published methods typically make use of cysteine chemistry to
couple the DNA linkers to the protein [13]. This covalent coupling
method can achieve high resilience to applied forces. However, it
requires the protein of interest to be otherwise free of endogenous
cysteines, while many contain at least one—quite often conserved
and essential. Here we describe a method to tether individual

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_3, © Springer Science+Business Media LLC 2018
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Fig. 1 Protein tethering approach (a) Schematic diagram. A single protein of interest (Maltose Binding Protein,
sMBP) is tethered by means of a DNA linker between two beads. One is held on a position-controlled
micropipette, another by an optical trap allowing force detection. At the C-terminus sMBP is attached to an
Anti-c-myc-coated bead. At the N-terminus, it is connected to the DNA linker via a Neutravidin—Biotin/AviTag
linkage. The DNA linker is coupled to an Anti—digoxigenin-coated bead. (b) Stretching—relaxation cycles show
unfolding and refolding. The protein structure unfolds via two transitions (F — C and C — U). Gray lines show
the theoretical worm like chain curves, see Note 12 (reproduced with permission from ref. 10)

proteins with DNA linkers for optical tweezers applications that
does not rely on cysteine chemistry (Fig. 1a). Another advantage of
this method is its simplicity, as the protein can be coupled in-situ
without additional chemical modification steps, directly after
purification.

2 Materials

2.1 Synthesis
of dsDNA Handles

. Thermal cycler (BIO-RAD).

. Tag DNA polymerase (New England BiolLabs).
. pUCI9 plasmid DNA (New England BioLabs).
. DNA primers (eurofins).

. PCR bufter (New England BioLabs).

. dNTPs (Fermentas).

. Agarose (Roche).

. Ethidium bromide (Sigma).

0.5xTBE buffer (Sigma).

. Gel extraction kit (QIAquick) (Qiagen).

. Gel imaging instrument (G:Box).
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2.2 Expression
and Purification
of Protein Constructs

2.2.1 In Vivo Biotinylation
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1. Low to medium copy plasmid under a T7 promoter, such as
pET-28a(+) (Novagen).

2. Protease-deficient expression strain of Escherichia coli BL21
(DE3) (Novagen).

—

Low copy plasmid encoding the biotin ligase BirA, such as
pBirAcm (Avidity).

Kanamycin (50 g/L w/v solution in distilled water).
Chloramphenicol (25 g/ w/v solution in ethanol).
IPTG (Isopropyl B-p-thiogalactoside).

SAN R

Biotin.

1. Coupling bufter: 20 mM Tris-HClpH 7.5,0.2 M NaCl, 1 mM
EDTA.

2. Slide-A-Lyzer™ G2 Dialysis Cassettes (Thermo Fisher
Scientific).

Maleimide-PEG11-Biotin (Thermo Scientific).
TCEP (tris(2-carboxyethyl)phosphine) (Sigma).
DMSO (Dimethyl sulfoxide).

PD-10 desalting column.

SN e

—

Polystyrene beads (Spherotech).
2. PolyLink Protein Coupling Kit (Polysciences Inc.).

1. Refolding buffer (50 mM Hepes, pH 7.6, 100 mM KCI, 5 mM

2. Neutravidin (Thermo fisher scientific).
3. Rotary mixer (Labinco B.V.).

3 Methods

3.1 Synthesis
of dsDNA Handles

The protein construct is attached to one bead using anti-myc anti-
bodies, and tethered to a second bead by means of a single dsDNA
handle. This dsDNA handle is attached on one end to the second
bead using anti-digoxigenin antibodies (Fig. 1a).

1. The 2553 bps DNA handles are synthesized by PCR using the
Taq DNA polymerase and a pUC19 plasmid DNA as a tem-
plate. Five hundred nanogram of handle is generated at a time
using 50 pl of PCR reaction. The handle is generated by means
of the primer 5-DIG-GTCTCGCGCGTTTCGGTGAT-
GACGG-DIG-G-3’ as a forward primer together with the
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3.2 Expression
and Purification
of Protein Constructs

primer 5'-TA6GTA6CCGCTCATGAGAC 3’ as a reverse (6 is
biotin-dT). Polymerase chain reaction reagents for each 50 pl
reaction volume include: 1 unit of Taq polymerase, 5 pl of 10x
PCR buffer, 10 pmol of the forward primer and 10 pmol of
reverse primer, 5 pl of 2 mM dNTPs, and 50 ng of the plasmid
DNA. The PCR profile is as follows: 1 min at 94 °C, 30 cycles
of 30 s at 94 °C, 60 s at 52 °C and 3 min at 72 °C, finally
followed by 10 min at 72 °C and a 4 °C soak.

. The PCR mixture is applied on 1% agarose gels in 0.5xTBE

buffer at 80 V/cm. Agarose gels are stained with ethidium
bromide (EtBr). DNA handles with proper length (2553 bps)
are then cut from the gel and purified using the gel extraction
kit. The purified handles can be stored at —20 °C for months.

. Four repeats of the sequence encoding the c-myc-tag (EQK-

LISEEDL) are introduced by PCR at the C-terminus of the
protein of interest. The N-terminus is used for biotinylation
(see Note 1-3).

. Biotinylation can be done in vivo or in vitro. For in vivo bioti-

nylation, the sequence encoding Avi-tag (GLNDIFEAQ-
KIEWHE) is introduced at the N-terminus, whereas for
in vitro biotinylation an extra cysteine residue is introduced
there. The correctness of the newly made vector is confirmed
by Sanger DNA sequencing.

. The c-myc-tagged variant of protein is purified according to

the same protocol as used for the unmodified protein. The only
difference being that for in vivo biotinylation, the biotin ligase
(BirA) is co-expressed together with the protein, while 20 mg/
| Biotin is added to the expression medium in addition to
20 mg/1 Chloramphenicol to maintain the BirA encoding
plasmid. Note that this additional antibiotic slows down
growth kinetics.

. For in vitro biotinylation, the purified protein first is dialyzed in

coupling buffer, and then incubated on ice for 15 min in 5 mM
TCEP containing buffer to reduce disulfide bonds. Biotinyla-
tion is done by adding tenfold molar excess of Maleimide-
PEGI11-Biotin (dissolved in DMSO) to the reduced protein
and incubating for 2 h at 25 °C. To remove unreacted Malei-
mide-PEG11-Biotin molecules, the sample can be subjected to
a desalting column.

. The purified protein sample is checked on a 8% SDS-PAGE gel,

and based on the stability of protein is stored at 4 °C (for same
day experiments) or after flash freezing using liquid nitrogen at
—80 °C (for long-term storage).



3.3 Bead Preparation

3.4 Immobilization
of Protein and DNA
Constructs on Beads

3.5 Tether Formation

—

Protein Tethering for Folding Studies 47

. Carboxylated polystyrene beads are covalently linked to Anti-

bodies (i.e. Anti-digoxigenin and Anti-c-myc) via a
Carbodiimide-mediated zero-length crosslinking reaction, as
detailed in the following points.

. 25 pl of 1% (w/v) carboxylated polystyrene microspheres are

washed twice by pelleting at 17,000 x g (for 10 min) in a micro
centrifuge tube and resuspended in coupling buffer (400 pl in
the first wash and 170 pl in the second washing step).

. 20 pl of freshly prepared EDAC (also called “EDC”) solution

(20 mg/ml; prepare by dissolving 1 mg EDAC in 50 pl cou-
pling butffer) is added to the microparticle suspension and
mixed gently end-over-end (see Note 4).

. 20 pg of desired Antibody (Anti-digoxigenin or Anti-c-myc) is

added and mixture is incubated for 1 h at room temperature
with gentle mixing.

. The mixture then is washed two times in 400 pl storage bufter.

. Protein-coated beads are stored in 400 pl storage buffer at 4 °C

until use (see Notes 5 and 6).

. Protein-coated microspheres are made by mixing ~5 pg of c-myc-

tagged-protein molecules and 1 pl Anti-c-myc-coated beads in
10 pl refolding bufter. After 30 min incubation on a rotary mixer
(4 °C), the beads are diluted in 400 pl refolding buffer for use in
optical tweezers experiments (sez Notes 7 and 8).

. DNA-coated microspheres are made by mixing ~70 ng of dsDNA

molecules and 1 pl Anti-digoxigenin-coated beads in 10 pl refold-
ing buffer. The beads are incubated for 30 min on a rotary mixer
(4 °C) to get immobilized on the surface (se¢ Note 8).

. To couple Neutravidin to the DNA handles, ~1 pg Neutravidin

is added and mixture is incubated for extra 15 min on the
rotary mixer (4 °C).

. Beads are washed by pelleting at 17,000 x g (for 10 min) in a

micro-centrifuge tube at 4 °C and resuspended in 400 pl
refolding buffer for use in optical tweezers experiments (see
Note 6).

. The protein-coated microspheres are flown into a flow-cell that

is mounted onto the optical tweezers instrument [9]. One
microsphere is captured by an optical trap and held there, or
subsequently positioned onto a micropipette tip.

. DNA-coated microspheres are flown in, while the previous

sample is flown out. One microsphere is held in an optical
trap (see Note 9). To prevent future interference in trapping,
the rest of the microspheres are flown away using the measure-
ment buffer of choice (see Note 7).
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Fig. 2 Tethering of a repeat protein construct to study aggregation. (a) The construct is tethered as sMBP in
Fig. 1a. (b) First stretching—relaxation curves show unfolding of natively folded 4MBP. Grey lines represent the
theoretical WLC characterizing the DNA—protein chimera from the folded (F) to the unfolded (U) state. After C-
terminal unfolding (F — 4) all four MBP repeats unfold one by one 4 — 3 — 2 — 1 — U). (c) Second or
subsequent stretching curves after relaxation. The stretching traces allow one to probe the aggregated
structure, and identify different types of sub-structures, ranging from tight aggregates that are not unfolded
to weakly aggregated sub-structures that unfold at moderate forces but give rise to step-sizes larger than one
MBP monomer (reproduced with permission from ref. 16)

3. To allow tether formation, the two microspheres are moved in
close proximity of each other, such that a tether can be formed
through interaction of the biotin on the protein end with the
Neutravidin that is bound to the biotin on the DNA end (see
Note 10).

4. Measurements can be performed in a number of ways (sec Note
11). Briefly, cycles of stretching and relaxation allow quantifi-
cation of unfolding and refolding parameters (Fig. 1;
see Note 12). Interactions with buffer components including
chaperones can change the stability of the protein in different
stages of folding, as well as its kinetics and adopted structures
(see Note 13). For instance, chaperones can affect not only the
folding but also the aggregation between proteins, which can
be studied using repeat-protein constructs (Fig. 2).

4 Notes

1. The experiment is sensitive to the quality of protein. It is
important to realize that even low percentage of partly aggre-
gated and /or misfolded protein molecules can lead to poor and
variable results. Using different purification methods and func-
tional tests is recommended to optimize quality.

2. Proteins are immobilized on the surface via their c-myc-tagged
terminus and are connected to DNA linkers through their
biotinylated terminus (using biotin-Neutravidin linkage).
Hence it is important that both ends are accessible. For



10.

Protein Tethering for Folding Studies 49

proteins with non-accessible termini, extra peptide linkers can
be inserted.

. We recommend using short linkers (highlighted in bold

below) before the c-myc-tags and between them (LEEQKL
ISEEDLVEEQKLI SEEDLVEEQKLI SEEDLVEEQKLI
SEEDLVD).

. EDAC is a moisture sensitive compound and will become

inactive upon hydrolysis. It is recommended to store the
EDAC powder tightly sealed in the freezer in presence of
desiccant.

. To suppress the formation of bead clusters, 10% (v/v) of 1%

Tween can be added to the coupling and storage buffers during
the bead preparation.

. During the coating process, beads may be lost within the

sequential washing steps. To obtain appropriate samples with
the correct concentration, one can change the volume of stor-
age buffer that is used to store the coated-beads.

. To have an efficient measurement, one needs to inject proper

number of protein- and DNA-coated-beads into the flow cell.
Bead trapping efficiency decreases when samples are too
diluted, whereas too concentrated samples lead to the trapping
of multiple particles. The concentration of bead samples can be
adjusted by diluting the protein- and DNA-coated beads in
refolding buffer.

. Multiple tethers or no tethers may form when moving the

microspheres together. To optimize tether formation, one
can titrate the amount of dsDNA on the anti-digoxigenin
microspheres up or down, until single tethers are typically
observed, while no tethers or double tethers are rarely
observed. Other factors are bead interaction distance and
time. One may also titrate the amount of protein attached to
the Anti-c-myc coated microspheres.

Issues with the (Antibody-)coating reaction or the presence of
aggregates in the protein sample are two factors that lead to
formation of bead clusters. The clustering of beads simply can
be checked under a light microscope, after every preparation
step. To dissolve small clusters, one can sonicate the coated
beads on ice for 10-15 min.

Neutravidin can be substituted with other members of Avidin
family, such as Streptavidin and Avidin [14]. They have similar
affinity to biotin-streptavidin but different selectivity to possi-
ble contaminant proteins. Affinity does not directly predict
behavior under mechanical tension as the lower affinity (i.e.
nanomolar versus femtomolar) Streptagll-Streptactin was
mechanically more resilient [15]. Other short affinity tags
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11.

12.

13.

could be explored as possible alternatives if c-myc-tag would
compromise protein construct solubility or folding in specific

case [14].

One way to study protein unfolding and refolding transitions is
by moving the beads apart and back again in alternating cycles.
Most of the time the trap position is moved at constant speeds,
which results in an approximately constant change in force.
Smaller proteins tend to refold during relaxation, while larger
ones typically refold when fully relaxed. In the latter case,
varying the waiting time in the relaxed state allows quantifica-
tion of the refolding rate.

Force-extension curves measured from Protein-DNA chi-
mera’s can be fitted using the extensible worm-like chain
model (EWLC) for the DNA tether and the worm-like chain
model (WLC) for unfolded parts of the protein. This allows
one to identify different folded states of the protein by the
measured length, which is dominated by the unfolded seg-
ments of the protein chain.

One may study the effect of buffer conditions or molecular
chaperones on the folding and unfolding process. Components
can be flushed in during the experiment while the substrate
protein is in different stages of folding. The interaction times
can be varied to assess binding kinetics.
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Chapter 4

Combining Structure-Function and Single-Molecule Studies
on Cytoplasmic Dynein

Lu Rao, Maren Hulsemann, and Arne Gennerich

Abstract

Cytoplasmic dynein is the largest and most intricate cytoskeletal motor protein. It is responsible for a vast
array of biological functions, ranging from the transport of organelles and mRNAs to the movement of
nuclei during neuronal migration and the formation and positioning of the mitotic spindle during cell
division. Despite its megadalton size and its complex design, recent success with the recombinant expres-
sion of the dynein heavy chain has advanced our understanding of dynein’s molecular mechanism through
the combination of structure—function and single-molecule studies. Single-molecule fluorescence assays
have provided detailed insights into how dynein advances along its microtubule track in the absence of load,
while optical tweezers have yielded insights into the force generation and stalling behavior of dynein. Here,
using the S. cerevisine expression system, we provide improved protocols for the generation of dynein
mutants and for the expression and purification of the mutated and /or tagged proteins. To facilitate single-
molecule fluorescence and optical trapping assays, we further describe updated, easy-to-use protocols for
attaching microtubules to coverslip surfaces. The presented protocols together with the recently solved
crystal structures of the dynein motor domain will further simplify and accelerate hypothesis-driven
mutagenesis and structure—function studies on dynein.

Key words Microtubules, Microtubule motor proteins, Cytoplasmic dynein, Recombinant proteins,
Microtubule immobilization, Fluorescence labeling, Single-molecule assays, Optical tweezers, Optical
trapping, Yeast gene manipulation

1 Introduction

Cytoplasmic dynein (referred to here as dynein) is the primary
motor for microtubule (MT) minus-end-directed motility in eukar-
yotes [ 1-6]. Its function is essential for numerous cellular activities,
such as cell division, cell migration, and the transport of subcellular
cargoes. Not surprisingly, dysfunction of dynein and its cofactors
contribute to a growing number of human diseases, collectively
termed “dyneinopathies” [7-9], including spinal muscular atrophy
(SMA) [10, 11], SMA with lower extremity predominance
(SMALED) [12-14], Charcot-Marie-Tooth disease (type 2)
(CMT) [15], congenital cataracts, and gut dysmotility [9],

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_4, © Springer Science+Business Media LLC 2018
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malformations of cortical development [16-20], and other debili-
tating neurodevelopmental and neurodegenerative diseases [15,
18, 19, 21-24]. The molecular mechanisms of dynein and its
cofactors, however, remain largely unknown [3, 25-28], posing a
major barrier to treatment of dyneinopathies.

Dynein is a member of the functionally diverse family of AAA+
ATPases (AAA+: ATPase associated with various cellular activities
[29]). AAA+ proteins typically assemble into hexameric, ring-
shaped structures [30, 31]. In contrast, while dynein and its closest
relative, midasin [32, 33], also contain six AAA+ domains arranged
in a ring, their AAA+ domains are concatenated in a single heavy
chain (HC) polypeptide [27, 34]. Dynein forms a dimer of two
identical HCs, and binds via its tail domain to several other asso-
ciated subunits and accessory proteins that are involved in the
regulation of the motor and in the attachment to a diverse set of
cargos [3]. Dynein’s C-terminal motor domain contains the six
AAA+ modules (AAA1-6), the first four of which (AAA1-4) hydro-
lyze and/or bind ATP [28], and three clongated structures that
protrude from the AAA+ ring. The ~15-nm coiled-coil “stalk”
emerges from AAA4 [35] and separates the MT-binding domain
from the AAA+ ring [36], and the coiled-coil “buttress” [36] (or
“strut” [37]) extends from AAA5 and contacts the stalk. The third
element, the ~10-nm “linker” [38, 39], emerges from AAAI and
connects the tail to the AAA+ ring. While ensemble-based and
single-molecule microscopy techniques combined with mutagene-
sis and structure—function studies have begun to decipher the
function of these elements [40-51], how dynein’s subdomains
work together to generate the coordinated movements of dynein’s
motor domains remains unclear.

Single-molecule motility studies using total internal reflection
fluorescence (TIRF) microscopy permit the measurement of key
biophysical parameters of cytoskeletal motors, such as the on rate of
filament binding, velocity, and processivity (the ability to take mul-
tiple steps before dissociating). To permit high-precision tracking,
the recombinant dynein HC can be tagged at the C-terminal motor
domain or the N-terminal tail using genetic labeling techniques,
such as HaloTags® or SNAP-tags®, to covalently bind bright
organic fluorophores or quantum dots. With these tools, a TIRF
microscope equipped with an electron multiplying CCD
(EMCCD), can resolve the nanometer-scale steps that the highly
processive S. cerevisine dynein takes along MTs [43, 44]. N-
terminal tags can also be used to couple the motor to polystyrene
trapping beads (which are coated with antibodies against the N-
terminal tag) for use in optical trapping experiments [45, 46, 48].
In an optical trapping experiment, a tightly focused near-infrared
laser beam (the optical tweezers [52]) is used to trap a motor-
coated polystyrene bead. The experimenter can than reposition
the laser beam to place the trapped bead over an MT bound to
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the coverslip. Once a bead-anchored motor binds the MT and starts
to move, it displaces the trapped bead from the trap center. A
restoring force then acts to pull the bead back toward the trap
center, causing the motor to detach or to advance until its move-
ment ceases when its maximum force generation (stall force) is
reached. Critical to both TIRF-based single-molecule fluorescence
and optical trapping experiments is the rigid attachment of poly-
merized MTs to coverslip surfaces [53]. In case of optical tweezers,
it is preferable for the long MT axes to be aligned with the long axis
of the slide chamber.

Below, we provide improved protocols for the efficient genera-
tion of §. cerevisine mutant strains, for the growth of S. cerevisine
cells expressing full-length dynein, and for the purification of the
tagged dynein motors. In addition, we present three updated pro-
tocols for attaching MTs to coverslip surfaces: (1) attachment
through biotin-streptavidin linkages, (2) attachment using poly-L-
lysine (PLL)-coated glass surfaces (which yields MTs well aligned
with the long axis of the coverslip), and (3) a new protocol we have
developed which combines elements of the first two protocols in
order to yield well aligned MTs that remain rigidly attached for a
significantly longer period of time—an excellent option for optical
trapping experiments.

2 Materials

2.1 Generation
of Yeast Constructs

2.1.1  Primer design
for PCR

2.1.2 Generation
of Linear Double-Stranded
DNA

1. Saccharomyces Genome Database (SGD): http:/www.
yeastgenome.org,/

2. Serial Cloner software for DNA and protein sequence analysis
(Serial Basics: http: //serialbasics.free.fr/Home /Home.html).

3. Primer-BLAST (NCBI: https: //www.ncbi.nlm.nih.gov/tools/
primer-blast/) or PrimerQuest tool (Integrated DNA Technol-
ogies: https: //www.idtdna.com/Primerquest/Home/Index).

4. DNA primers (Integrated DNA Technologies).

5. Kluyveromyces lactics URA3 gene with its promoter and
terminator.

1. DNA polymerase: KOD hot start DNA polymerase (EMD
Millipore, #71086), store at —20 °C.

2. PCR tubes: Thermowell Gold 0.2 mL polypropylene PCR
tubes with flat cap (Corning, #3745).

3. 10 mM Tris buffer, pH 7.6.
4. TE buffer: 10 mM Tris, 1 mM EDTA, pH 7.6.
5. Amplyus miniPCR™ (se¢ Note 1).
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2.1.3 Transformation
of Yeast Cells with PCR
Products

10.

11.
12.

13.

14.

—

. NucleoSpin  Gel and PCR clean-up (Macherey-Nagel,

#740609).

. NanoPhotometer® (Implen P360).
p

. Agarose: Ultrapure agarose (ThermoFisher Scientific,

#16500-100).

. 5x Tris-Borate-EDTA (TBE) bufter: For 1 L, add 54 g of Tris-

base, 27.5 g of boric acid, and 20 mL of 0.5 M EDTA
(pH 8.0), and fill to 1 L with ddH,0O. The working strength
is 0.5x%.

DNA gel stain: SYBR Safe DNA gel stain, 10,000x (Thermo-
Fisher Scientific, #§33102).

blueGel™ electrophoresis system (Amplyus).

DNA ladder: 1 Kb plus DNA ladder (ThermoFisher Scientific,
#10787018), store at —20 °C.

5x Orange G loading dye: 0.125% (w/v) Orange G, 2.5x%
TBE, 50% glycerol, store at 4 °C.

Owl™ EasyCast™ BlA Mini Gel Electrophoresis System
(ThermoFisher Scientific)

. Yeast stock, stored at —80 °C.

2. Wooden applicators: Fisherbrand plain-tipped applicators,

wood, 15 ¢cm (Fisher Scientific, #23-400-112).

. Peptone: BD Bacto™ peptone, an enzymatic digest of animal

protein (BD, #211677).

. Yeast extract: BD Bacto™ yeast extract, water-soluble extract

of autolyzed yeast cells suitable for use in culture media (BD,
#212750).

. Agar: BD Difco™ agar, granulated, used as a solidifying agent

for culture media (BD, #214530).

. Dextrose (D-glucose), anhydrous (Fisher Scientific, #D16).
. Dextrose solution: 40% stock. Add 400 g of dextrose toa 1 L.

bottle, fill with ddH,O to 1 L, sterilize by either autoclaving or
filtering via a filter unit (Nalgene rapid-flow sterile disposable
filter units with SFCA membrane, pore size 0.2 pm, diameter
90 mm, ThermoFisher Scientific, #161-0020).

. Fisherbrand petri dishes with clear lid, 100 x 15 mm (Fisher

Scientific, #FB0875713).

. YPD plate: For 400 mL, add 8 g peptone, 4 g yeast extract, 8 g

agar, and 380 mL ddH,O to a 500 mL bottle, autoclave. Once
slightly cooled down, add 20 mL of sterilized dextrose solu-
tion, mix well but do not invert. Pour 10-20 mL for each plate.
Stack the plates and leave them on the bench at room tempera-
ture overnight, then store them upside down at 4 °C.
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2x YPD solution: Ina 1 L bottle, add 40 g peptone, 20 g yeast
extract, and 900 mL ddH,O, autoclave. Once slightly cooled
down, add 100 mL of sterilized dextrose solution. Mix well,
but do not invert.

Frozen-EZ Yeast Transformation II Kit™ (Zymo Research,
#12001), store at 4 °C.

Yeast nitrogen base (YNB) without amino acids: Difco yeast
nitrogen base without amino acids, Wickerham formula (BD,
#291940).

Ura dropout (Ura-): Yeast media, Ura dropout mix (Clontech,
#630416).

Adenine, semisulfate salt (Sigma-Aldrich, #A9126).

Syringe filter unit: Millex-GP syringe filter unit, 0.22 pm, poly-
ethersulfone, 33 mm, gamma sterilized (EMD Millipore,
#SLGPO33RS).

60 mL syringe without needle: 60 mL BD Luer-Lok syringe,
nonsterile, polypropolene (BD, #301035).

SC/URA- plates: For 400 mL, add 8 g agar and 350 mL
ddH,O to a 500 mL bottle, autoclave. In a sterile 50 mL
conical tube, add 2.9 g YNB without amino acids, 400 mg
Ura-, 8 g dextrose, fill with 50 mL ddH,O, nutate to dissolve,
heat slightly if needed to help dissolve. Sterilize by a syringe
filter unit. Add the mixture to the agar solution and mix well.
Pour and store as for YPD plate.

Uracil (Sigma-Aldrich, #U0750).

5-Fluoroorotic acid (5-FOA), monohydrate (Gold Biotech-
nology, #F-230), store at —20 °C.

SC/5-FOA plates: For 400 mL, add 8 g agar and 350 mL
ddH,0 to a 500 mL bottle, autoclave. In a sterile 50 mL
conical tube, add 2.9 g YNB without amino acids, 400 mg
Ura-, 20 mg uracil, 400 mg 5-FOA, 8 g dextrose, fill with
50 mL ddH,O, heat to help dissolve. Sterilize by a syringe filter
unit. Add the mixture to the agar solution and mix well. Pour
and store as for YPD plate.

20 mM NaOH.
50% glycerol, sterilized.

Cryogenic tubes: Nalgene general long-term storage cryogenic
tubes, 2 mL (ThermoFisher Scientific, #5000-0020).

2x YP solution: In a 6 L flask, add 80 g peptone, 40 g yeast
extract, and 1.75 L ddH,O, autoclave.

1 L centrifuge bottle: Nalgene 1 L super-speed centrifuge
bottles with sealing closure (ThermoFisher Scientific,
#3141-1000).
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2.2.2 Dynein Expressed
Behind Galactose Promoter

2.3 Purification
of Yeast Dynein

10.

. An empty pipette tip box or a plastic container.
. A styrofoam box.
. 50 mL serological pipet: Falcon 50 mL serological pipet, poly-

styrene, 1.0 increments (Corning, #357550).

. Pipette controller: Accu-Jet® pro pipette controller with adjus-

table speed control (BrandTech Scientific, #26330).

. A metal spoon.

. D-(+)-raffinose, pentahydrate (Sigma-Aldrich, #R0250).
. Raffinose solution: 20% stock. In a 150 mL bottle, add 20 g

raffinose and fill with ddH,O to 100 mL, slightly heat to
dissolve. Sterilize either via filtering or autoclaving.

. 1x YPR solution: Ina 1 L bottle, add 20 g peptone, 10 g yeast

extract, and 900 mL ddH,0, autoclave. Once slightly cooled
down, add 100 mL of sterilized raffinose solution. Mix well,
but do not invert.

. D-(+)-Galactose, anhydrous (Fisher Scientific, #G1).
. Galactose solution: 40% stock. In a 1 L bottle, add 400 g

galactose and fill with ddH,O to 1 L, heat to dissolve. Sterilize
either via filtering or autoclaving.

. pL-dithiothreitol (DTT) (Sigma-Aldrich, #D9779): dissolve in

ddH,O to 1 M stock, store at —20 °C.

. Adenosine 5'-triphosphate-Mg (ATP.Mg) (Sigma-Aldrich,

#A2383): Dissolve ATP in 100 mM MgCl, to 100 mM
stock, store at —20 °C.

. Pepstatin A (Sigma-Aldrich, #P5318): dissolve in ddH,O to

10 pg/mL stock, store at —20 °C.

. Leupeptin (Sigma-Aldrich, #1.2884): dissolve in ddH,O to

10 pg/mL stock, store at —20 °C.

. Pefabloc SC (Sigma-Aldrich, #11429868001): dissolve in

ddH,O0 to 100 mM stock, store at —20 °C.

Benzamidine  hydrochloride,  hydrate  (Sigma-Aldrich,
#B6506): dissolve in ddH,O to 200 mM stock, store at
-20 °C.
Triton X-100: dilute to 25% (v/v) stock (Sigma-Aldrich,
#X100).

. 5x Lysis buffer (5xLB): 150 mM HEPES, 250 mM KAc,

10 mM Mg(Ac),, 5 mM EGTA, 50% glycerol

1x Tev buffer (1 xTev): 50 mM HEPES, 150 mM KAc, 2 mM
Mg(Ac),, 1 mM EGTA, 10% glycerol.

Type 70.1 Ti rotor, fixed angle, titanium, 12 x 13.5 mL,
70,000 rpm, 450,000 x g4 (Beckman Coulter, #342184).
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TLA-110 rotor, fixed angle, titanium, 8 x 5.1 mlL,
110,000 rpm, 657,000 x g4 (Beckman Coulter, #366735).

Beckman L7-65 ultracentrifuge.
Beckman Optima TLX ultracentrifuge.
Eppendort Refrigerated Microcentrifuge.

Ti 70.1 tube: polycarbonate bottle, with cap assembly,
10.4 mL, 16 x 76 mm (Beckman, #355603).

TLA-110 tube: Polycarbonate tube, thickwall, 3.2 mL,
13 x 56 mm (Beckman, #362305).

Columns: Poly-Prep chromatography columns, 9 ¢cm high,
2 mL bed volume (0.8 x 4 cm) (Bio-Rad, #7311550).

Grinder (KitchenAid model BCG1110B).
A metal spatula.

Transfer pipets: BD Falcon disposable transfer pipets, 3 mL
(BD, #357524).

Glass Pasteur pipets: Fisherbrand disposable borosilicate glass
Pasteur pipets, 9 in. (Fisher Scientific, #13-678-20C).

IgG beads: IgG Sepharose 6 fast flow, 10 mL (GE Healthcare,
#17-0969-01).
A nutating mixer.

HaloTag fluorescent ligands (Promega) or SNAP-tag fluores-
cent ligands (New England BioLabs).

Tev protease: AcTev protease, 10 units/pL. (ThermoFisher
Scientific, #12575015).

Low retention microcentrifuge tubes: Fisherbrand siliconized
low-retention microcentrifuge tubes, 0.5 mL (Fisher Scientific,
#02-681-311).

5x SDS loading buffer: 0.25% (w/v) bromophenol blue, 10%
(w/v) sodium dodecyl sulfate (SDS), 0.5 M DTT, 0.25 M Tris,
50% (v/v) glycerol, pH 6.8.

Gradient gel: NuPAGE®™ 4-12% bis-tris protein gels, 1.5 mm,
15-well, store at 4 °C (ThermoFisher Scientific, #NP0336BOX).
Novex XCell SureLock™ mini-cell electrophoresis system
(ThermoFisher Scientific, #£10001).

Running buffer: NuPAGE® MOPS SDS running buffer, 20x
(ThermoFisher Scientific, #NP0001), dilute to 1x prior to
usage.

Gel stain: InstantBlue™ protein stain (Expedeon, #ISB1L).

An Odyssey”™ imaging system (LI-COR Biotechnology).
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2.4 MT Binding and
Release Purification
of Yeast Dynein

2.4.1  Polymerization
of MTs

2.4.2 MT Binding
and Release Purification

2.5 Polymerization
of MTs for
Single-Molecule
Assays

2.5.1 Polymerization
of Functionalized MTs

2.5.2 Polymerization
of Polarity-Marked MTs

2.6 Coverslip
Preparation for MT
Attachment

2.6.1 Immobilization via
Biotin—Streptavidin
Interaction

. Paclitaxel (Sigma-Aldrich, #T7191): dissolve in DMSO to
10 mM stock, store at —20 °C.

. BRB80 with 10% glycerol: 80 mM PIPES, 2 mM MgCl,,
1 mM EGTA, 10% glycerol, pH 6.8, store at room temperature
for short term and at 4 °C for long term.

. BRB80 with 60% glycerol (glycerol cushion): 80 mM PIPES,
2 mM MgCl,, 1 mM EGTA, 60% glycerol, pH 6.8.

. Guanosine 5’-triphosphate-Mg (GTP.Mg) (Sigma-Aldrich,
#G8877): Dissolve GTP in 100 mM MgCl, to 100 mM
stock, store at —20 °C.

. Tubulin (purified from porcine brain; Cytoskeleton Inc.,
#1240): 5 mg/mL stock. Dissolve one vial of tubulin (1 mg)
in 200 p. BRB80 with 10% glycerol, aliquot into 5 pL
volumes, flash-freeze and store at —80 °C.

. TLA-100 rotor tube: Polycarbonate tube, thickwall, 230 pL,
7 x 21 mm (Beckman Coulter, #343775).

. TLA-100 rotor, fixed angle, titanium, 20 x 0.2 mL,
100,000 rpm, 436,000 x g (Beckman Coulter, #343837).

. Sucrose cushion: 30 mM HEPES, 2 mM MgCl,, 1 mM EGTA,
150 mM KCl, 25% (w/v) sucrose, 10% glycerol, pH 7.4.

. Wash buffer: 30 mM HEPES, 2 mM MgCl,, 1 mM EGTA,
150 mM KCI, 10% glycerol, pH 7 4.

. Cy3- or Cy5-labeled tubulin (labeling of tubulin with mono-
NHS dyes has been previously described in detail [53]): pre-
pare aliquots with 1 pg labeled tubulin per aliquot.

. Biotinylated tubulin (Cytoskeleton Inc., #I333P): 20 pg/vial.
Dissolve one vial in 20 pLL BRB80 with 10% glycerol, aliquot to
1 pL per aliquot, flash-freeze and store at —80 °C.

. Rhodamine-labeled tubulin: 20 pg/vial (Cytoskeleton Inc.,
#TL590M).

. Coverslips: No. 1.5H, 170 + 5 pm thickness, 18 mm x 18 mm,
high  performance, ISO 8255 compliant (Zeiss,
#474030-9000-000).

. Glass slides: Fisherbrand Superfrost disposable microscope
slides, 1 mm thickness (Fisher Scientific, #12-550-123).

. Coverslip rack: Wash-N-Dry™ coverslip rack (Sigma-Aldrich,
#7.688568).

. Jars: Nalgene™ straight-sided wide-mouth polycarbonate jars
with closure, 125 mL (ThermoFisher Scientific, #2116-0125).

. 1 M HCI, 100 mL.
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2.6.3 Immobilization via
PLL and Biotin-Streptavidin
Interactions

2.7 Single-Molecule
Assays

2.7.1  Single-Molecule
Fluorescence Assay

2.7.2 Optical Trapping
Assay
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. Ethanol, 100 mL.
. 30% ethanol, 100 mL.
. 50% ethanol, 100 mL.

. BSA-biotin (Pierce bovine serum albumin, biotinylated; Ther-

mokFisher Scientific, #29103): Dissolve in BRB80 with 10%
glycerol to create a 5 mg/mL stock solution. Aliquot into
15 pL volumes and store at —80 °C.

Streptavidin (Pierce streptavidin, ThermoFisher Scientific,
#21122): Dissolve in BRB80 with 10% glycerol to 5 mg,/mL
stock, aliquot into 4 pL volumes and store at —80 °C.

BSA: 50 mg/mL in BRB80 with 10% glycerol, store at —20 °C.

BRBS80 with supplements (BRB80-s): 80 mM PIPES, 2 mM
MgCl,, 1 mM EGTA, 20 pM paclitaxel, 1 mM DTT, aliquot
into 200 pL volumes and flash-freeze, store at —20 °C.

. 25% (v/v) HNOj solution, 250 mL.
. 2 M NaOH solution, 250 mL.
. Poly-L-lysine solution (PLL) (Sigma-Aldrich, #P8920): 0.1%

(w/v) stock, 100 mL, keep in a jar. Dilute 10 mL in 90 mL
ddH,O to 0.01% (w/v), keep in a jar.

. Tween-20 solution (Tween 20 Surfact-Amps detergent solu-

tion; ThermoFisher Scientific, #28320): 10% (v/v) stock,
dilute 1 mL in 99 mL ddH,O to 0.1% (v/v), keep in a jar.

. NHS-biotin (EZ-link NHS-biotin; ThermoFisher Scientific,

#20217): Dissolve in DMSO to 100 mM stock, aliquot into
2 pL volumes, flash-freeze and store at —20 °C.

. Coupling buffer: 100 mM NazPO,, adjust to pH 7.4 with

HCL

. HME30: 30 mM HEPES, 2 mM MgCl,, 1 mM EGTA,

pH 7.4.

. HME30 with supplements (HME30-s): 30 mM HEPES,

2 mM MgCl,, 1 mM EGTA, pH 7.4, 20 pM paclitaxel,
20 mM glucose, 1 mM DTT, 2 mM Trolox, aliquot into
200 pL volumes and flash-freeze, store at —20 °C (sec Note 2).

. p-Casein: 25 mg/mL, prepared as described in detail previ-

ously [53], store at —20 °C.

. POC oxygen scavenging system: prepared as described in detail

previously [54], store at —80 °C.

. Vacuum grease.

. AntiGFP antibody-coated polystyrene beads: prepared as

described in detail previously [54], store at 4 °C.
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2. a-casein (Sigma-Aldrich, #C6780): 25 mg/mL stock. Prepare
in the same way as p-casein, aliquot into 5 pL volumes, flash-
freeze and store at —20 °C.

3. Phospho(enol)pyruvic acid, monopotassium salt (PEP)
(Sigma-Aldrich, #P7127): 100 mM stock. Dissolve PEP in
100 mM MgCl, to 100 mM, store at —20 °C.

4. Pyruvate kinase (PK) (Pyruvate kinase from rabbit muscle, type
III; Sigma-Aldrich, #P9136), 1 unit/pL stock. Dissolve in
BRB80 with 10% glycerol to 1 unit/pL stock, aliquot into
1.5 pL volumes, flash-freeze and store at —80 °C.

3 Methods

3.1 Generation
of Yeast Constructs

3.1.1  Primer Design
for PCR

Yeast cell transformation with specifically designed PCR products
or plasmids is indispensable for manipulating yeast genes [55]. The
following protocols provide detailed steps to generate constructs
for single-molecule structure—function studies. Here, we use the
yeast dynein heavy chain gene as an example, but in principle it can
be applied to most yeast genes (se¢ Note 3). To generate a yeast
dynein heavy chain construct that contains only the desired modifi-
cation such as insertions, deletions, or mutations /replacements, we
use a standard two-step PCR-mediated yeast transformation
method [56] (Fig. 1a). First, the yeast selection marker URA3 is
used to disrupt the target gene. A medium without uracil is then
used for selection, since yeast without the URA3 insertion cannot
grow in such conditions. In the second transformation step, the
desired DNA sequence replaces the URA3 marker using 5-FOA as
a selection reagent (see Note 4).

Because of the high efficiency homologous recombination mecha-
nism in yeast, foreign DNA can readily be incorporated into the
yeast genome. For homologous recombination to occur, the flank-
ing sequences of the insertion gene must overlap with the 5" and 3’
ends of the endogenous gene. To achieve good transformation
efficiency, primers must be designed to ensure an adequate length
of overlap between the flanking sequences of the insertion and the
5"and 3’ ends of the endogenous gene (sec Note 5).

1. Locate the dynein heavy chain gene (DYN1) in the Saccharo-
myces Genome Database (SGD), and obtain the genomic
DNA sequence with 1 kb (see Note 6).

2. Locate the site in the gene for the insertion, deletion, or
mutation, and then select the sites for the flanking sequences
(~500 bp upstream from the beginning and ~500 bp down-
stream from the end of the site) (see Note 7).
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Fig. 1 (@) Scheme of PCR-mediated two-step yeast transformation. During the first transformation, the
targeted gene (yellow) is replaced by linear URA3 gene (pink) with flanking DNA (striped). The flanking DNA
overlaps with yeast’s endogenous sequences so it can be integrated into yeast genome through homologous
recombination. In the second step, the PCR product containing the target gene with intended modifications
(green) replaces the URA3 in the genome via 5-FOA selection. (b) Scheme of primer design for generating
URA3-containing PCR product. To generate a sequence with flanking DNA that overlaps with yeast genome,
primer pairs that are upstream and downstream of the targeted sequence are obtained. The target sequence
(vellow) together with ~500 bp both up- and downstream is selected, and the sequence is run through a
primer design tool to obtain forward and reverse primers that are within ~150-300 bp from the targeted
sequence (“F” and “R”). Next, pairs of primers are designed to stitch the flanking yeast sequence with URAS.
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3. Design a pair of primers, 20-30 bp in length, that are
~150-300 bp upstream and downstream of the targeting site
(designated “F” and “R” in Fig. 1b) (see Note 8). Make sure
the reverse primer has the reverse complementary sequence of
the targeted sequence.

4. Next, stitching primers need to be designed. To generate the
stitching primer for the upstream flanking region, combine
20-30 bp upstream of the 5 end of the targeted site with
20-30 bp of the 5" end of the URA3 gene, and then convert
it to its complimentary sequence (the “R-stitch” primer in
Fig. 1b). For the downstream flanking region, combine
20-30 bp of the 3’ end of URA3 with 20-30 bp downstream
of the targeted site as the “stitch-F” primer (Fig. 1b). The 5’-
flanking sequence (with the URA3 overhang) can then be
amplified with “F” and “R-stitch” primers, and the 3’-flanking
sequence with “stitch-F” and “R” primers, using the yeast
genome as a template (see Subheading 3.1.2 for gene amplifi-
cation protocol).

5. The URA3 gene with its promoter and terminator can be
amplified using the following primers: 5-GTGATTCTGGG-
TAGAAGATCGG (“UE” in Fig. 1b) and 5-CGATGATG-
TAGTTTCTGGTTTTTAA (“UR” in Fig. 1b). Note that
URA3 of Kluyveromyces lactis is used instead of URA3 of S.
cerevisine to prevent undesirable recombination with its endog-
enous site.

6. The final gene insertion product can now be generated using
“F” and “R” as primers and the mixture of 5'-flanking DNA,
3'-flanking DNA, and URA3 as template, as described in Sub-
heading 3.1.2.

3.1.2  Generation PCR is used to generate linear double-stranded DNA for yeast
of Linear Double-Stranded ~ transformation. Protocols for PCR have been well established,
DNA and the optimization and troubleshooting of PCR have been exten-

sively reviewed [57, 58]. Here we only intend to provide a standard

Fig. 1 (continued) To generate the stitching primer for upstream, 20-30 bp upstream of the 5’ end of the
targeted site is combined with the first 20—30 bp of the 5’ end of the URA3 (pink), and then converted into its
complementary sequence (“R-stitch” primer). To make the downstream stitching primer, the last 20—30 bp of
the 3’ end of URA3 is combined with 20-30 bp downstream of the targeted site (“stitch-F” primer). Using
yeast genome as template, the 5'-flanking sequence (along with the first 20—30 bp of the URA3 gene) can now
be amplified with the “F” and “R-stitch” primers by PCR, while the 3'-flanking region can be amplified with the
“stitch-F” and “R” primers. “UF” (5'-GTGATTCTGGGTAGAAGATCGG) and “UR” (5'-CGATGATG-
TAGTTTCTGGTTTTTAA) primers are used to amplify URA3 with its promoter and terminator. The final PCR
product can then be generated using “F” and “R” as primers and the mixture of 5 -flanking DNA, 3'-flanking
DNA, and URA3 as template. The same scheme applies for the second step of the yeast transformation,
wherein the modified gene of interest (green in @) replaces the URA3 gene via homologous recombination
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PCR protocol using KOD hot start DNA polymerase, which is
sufficient to handle reactions described in this chapter (see Note 9).

1. Create master-mix aliquots for 50 pLL PCR reactions: Pre-mix
500 pL 10x reaction buffer, 500 pL. ANTPs (2 mM each),
300 pL 25 mM MgSOy, and 3.2 mL ddH,O, aliquot into PCR
tubes in 46 pl volumes, flash-freeze and store at —20 °C. For
each reaction, only the primers, template, and DNA polymer-
ase need to be added.

2. Prepare primers: Dissolve the primers in 10 mM Tris buffer to
10 pM final concentration. Flick the tubes several times to help
dissolving, do not sonicate. Store at 4 °C short term (up to 1
week), and —20 °C long term (see Note 10).

3. PCR: Take out one master-mix PCR aliquot from the freezer,
add 1.5 pL of each primer, 1 pL 10 ng/pL template (if the
template is genomic yeast DNA, see steps 8 and 9 in Subhead-
ing 3.1.3), and 0.5 pL. DNA polymerase, mix well. Apply
standard cycling conditions to set up and start PCR. Purify
the PCR products using the DNA cleanup kit. Measure the
DNA concentration using the NanoPhotometer and verify the
PCR products by DNA electrophoresis.

4. Prepare agarose gel: Based on the size of PCR products, choose
a suitable percentage (w/v) of the agarose gel for DNA elec-
trophoresis and calculate the weight of agarose for a 20 mL gel.
Measure the agarose in a 50 mL conical tube, add 20 mL of
0.5x TBE buffer, and microwave the solution to dissolve the
agarose. Do not completely tighten the cap, and make sure it
does not boil. Once the gel cools down slightly, add 2 pL of
DNA gel stain, mix well, and pour into the blueGel gel box
with appropriate comb(s) in place. Allow the gel to cool down
to solidify. Put the gel tray into the blueGel chamber, fill with
0.5x TBE buffer until it covers the gel, and gently pull out the
comb.

5. Prepare and load the samples: For each sample, mix 1 pL of
DNA ladder or PCR product, 1 pL of 5x Orange G loading
dye, and 3 pL of ddH,O in a 0.5 mL tube. Carefully load the
samples into the wells, and run for 30—45 min.

6. Visualize DNA: Visualize the bands using blue light. If a PCR
product is clean and its size is as expected, store the PCR
product from step 3 at 4 °C for short term or at —20 °C for
long term.

7. Purify DNA via agarose gel: If there are side products, use gel
purification to extract the correct product. Prepare 50 mL
agarose gel with 5 pL of DNA gel stain, pour into the B1A
gel tray, and insert the B1A-6 comb with 1.5 mm thickness.
Allow the gel to solidify. Put the gel into the gel box, fill both
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3.1.3 Transformation
of Yeast Cells with PCR
Products

chambers with 0.5 x TBE until it covers the gel, and gently pull
the comb out. Mix 30 pL of the PCR product from step 3 and
7.5 pL of 5x Orange G loading dye in a 0.5 mL tube. Carefully
load the sample into a well. Run at 100 V for 30—45 min (see
Note 11). Weigh a 2 mL tube on a fine balance and zero the
balance. Carefully cut the correct DNA product out using a
clean razor and put it into the 2 mL tube, measure the weight,
and purify it with the DNA cleanup unit.

Various methods have been developed for yeast transformation
[59], with the LiAc/carrier DNA/PEG method being one of the
standard methods [60, 61]. Here, we apply the Frozen-EZ Yeast
Transformation II Kit™ instead, which is easier and faster to use,
since it does not require carrier DNA and heat shock (see Note 12).
Below, we describe how to transform yeast cells with DNA products
and for how to verify a successful transformation. The protocol
(steps 1-12) is executed twice, first with the URA3-containing
PCR product, then with the target DNA (to displace the URA
sequence inserted in the first transformation). All steps that involve
yeast cells must be performed using sterile techniques.

1. Take out a glycerol stock of the mother strain (first transforma-
tion) or the yeast strain with the inserted and verified URA
sequence (second transformation) from the —80 °C freezer,
and place it on dry ice to prevent melting. Use a sterile wooden
applicator to scrap yeast cells from the tube, and streak onto a
YPD plate. Parafilm the edges of the plate and incubate at
30 °C for 2-3 days until colonies are large enough (~1-2 mm
in diameter).

2. Flame the tip of a metal tweezer and use the tweezer to pick a
sterile 200 pL pipette tip. Scoop a single colony from the plate
and drop the pipette tip into 3-5 mL of 2x YPD media to start
the inoculation. Allow the cells to grow overnight at 30 °C with
shaking.

3. Measure the ODggo of the overnight culture (saturated at
ODygoo ~ 40) and dilute an appropriate volume of the culture
into 10 mL 2x YPD to begin the growth at a starting ODggq of
0.2. Grow for ~4-6 h with agitation at 30 °C to reach log
phase.

4. Centrifuge the culture at 1000 rcf for 3 min to pellet the cells.
Discard the supernatant and use residual liquid to resuspend
the cells, and then transfer to a sterile 2 mL tube.

5. Proceed to transform the yeast cells with the URA3-containing
PCR products (first transformation) or with the DNA target
sequence to displace URA3 (second transformation) using the
Frozen-EZ Yeast Transformation II Kit™ as specified by the
vendor.
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Resuspend yeast cells in 2 mL of 2x YPD and shake at 30 °C
for 2 h to recover (see Note 13).

Pellet the cells at 1000 rcf for 30 s and remove the supernatant,
then wash once with 1 mL sterile ddH,O. Resuspend the cell
pellet in 100-200 pL of sterile ddH,O, and then spread onto a
SC/URA- selection plate (first transformation) or on a SC/5-
FOA selection plate (second transformation). Parafilm the edge
of the plate, and incubate at 30 °C for 2-3 days.

Verify that the yeast cells have correctly incorporated the PCR
products by using PCR to amplify the sequence of interest
using the transformed yeast genome as the template, and
then sequence the PCR products. To do so, mark 4-8 colonies
on the plate. For each colony, use a 200 pL pipette tip to pick
halfa colony and resuspend in 40 pL of 20 mM NaOH. Boil for
10 min, then vortex for 20 s, and centrifuge at max speed for
3 min to remove cell debris (for the URA insertion step, 1-2
colonies are usually sufficient).

Set up PCR reactions as in step 3 in Subheading 3.1.2. Use
2 pL of the supernatant of the lysed cells of the previous step as
template for a 50 pL PCR reaction. Extend the annealing time
to 30 s, and use 35 cycles instead of 25 cycles.

Verity the PCR products by DNA electrophoresis as described
in steps 4-6 in Subheading 3.1.2.

Choose and purify the PCR products that have the correct size,
and send for sequencing.

Once the sequence is confirmed, pick the correct colony and
inoculate in 5 mL 2x YPD as in step 2. After overnight
growth, add 1 mL of the overnight culture and 0.5 mL of
sterile 50% glycerol to a cryogenic tube. Store at —80 °C (see
Note 14).

Yeast dynein’s only known function is nuclear positioning during
cell division [62, 63]. It is therefore customary to harvest yeast cells
during the log phase when the cells are actively dividing, with the
assumption that dynein expression is highest during cell division.

1.

2.

Inoculate the pre-culture: Streak the yeast cells and start the
pre-culture as in steps 1 and 2 in Subheading 3.1.3.

Grow into log phase: Inoculate 45 mL of 2 x YPAD media with
5 mL of the overnight culture in a 250 mL sterile flask and
shake at 30 °C overnight, then add the culture into a 6 L flask
containing 1.75 L. 2x YP solution and 200 mL sterile dextrose
solution. Shake at 30 °C for 6-8 h.

Harvest the cells: Distribute the 2 L cell culture evenly between
two 1 L centrifuge bottles and weigh out and balance both
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3.2.2 Dynein Expressed
Behind Galactose Promoter

bottles, then harvest the cells by centrifugation at 4000 rcf for
3 min at 4 °C.

4. Wash the cells: Discard the supernatants of both bottles, and
resuspend the pellet of one bottle with 200-300 mL ddH,O.
Transfer the resuspended cells into the other bottle with the
remaining pellet and add an additional 200-300 mL of
ddH,O. Resuspend the pellet, and fill up the bottle to approxi-
mately 1 L. Weigh out and balance the bottle with a centrifuge
bottle containing 1 L. ddH,O and harvest the cells again by
centrifugation at 4000 rcf for 3 min at 4 °C, then discard the
supernatant.

5. Resuspend the cells with a 50 mL serological pipette using the
residual water. If necessary, add stepwise 0.5 mL. ddH,O until
the pellet can be resuspended.

6. Drop-freeze the cell slurry into liquid nitrogen: Put a used
pipette tip box or a plastic container in a styrofoam box and
pour liquid nitrogen into the plastic container. Use the 50 mL
serological pipette to drip the cell slurry dropwise into the
liquid nitrogen (see Note 15). The frozen yeast bears some
resemblance to popcorn at this state (se¢e Note 16). Chill a
metal spoon in liquid nitrogen and use it to transfer droplets
into a 50 mL conical tube, then store the tube at —80 °C.

Yeast protein expression can be induced by galactose via GAL
promoters. Here, the divergent GAL1-GAL10 promoter [64] is
inserted before the dynein heavy chain gene [65]. However, this
method can only be used for the tail-truncated dynein, which does
not bind to and whose function does not dependent on the pres-
ence of the intermediate chain, light intermediate chain, and light
chain of dynein [44, 45, 65]. Full-length dynein should not be
expressed behind the galactose promoter, as this would result in
motility defects and aggregation due to the substoichiometric con-
centrations of the dynein subunits [47, 66]. For expression behind
the galactose promoter, it is important to minimize the dextrose
concentration during galactose induction, as the galactose pro-
moter is strongly repressed by dextrose [67, 68]. To circumvent
this problem, just before the final induction step, the pre-culture is
transferred to a media containing raffinose, which is a poor carbon
source that relieves the dextrose-induced repression of the galac-
tose promoter [68].

1. Streak the yeast cells on to a YPD plate and start the pre-culture
as in steps 1 and 2 in Subheading 3.1.3.

2. Inoculate the overnight culture into 45 mL of 1x YPR and
shake for 8 h at 30 °C.



3.3 Purification
of Yeast Dynein

3.3.1 Prepare the Buffers

3.3.2 Lyse the Cells

3.

4.
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Inoculate the 1 x YPR cell culture into a flask containing 1.75 L

of 2x YP solution and 200 mL sterilized galactose solution and
shake for 18-24 h at 30 °C.

Follow steps 3—6 in Subheading 3.2.1 to harvest cells.

The full dynein complex (Dynlsyjip,) is purified via its heavy
chain, which contains a ZZ-tag at the N-terminus followed by a
TEV cleavage site [65]. After cell lysis and an ultracentrifugation
step, dynein is bound to IgG beads via the ZZ-tag. After washing
the beads, dynein is cleaved from the IgG beads with TEV protease.
The same method is used to purify tail-truncated dynein expressed
behind the galactose promoter. The procedures, which are to be
performed in the cold room if not specified otherwise, describe in
detail how to purify and label dynein with a fluorescent dye.

1.

Lysis buffer (LB): Add 60 pL of 1 M DTT, 100 mM ATP.Mg,
10 pg/mL pepstatin A, 10 pg/mL leupeptin, 300 pL of
100 mM pefabloc SC, 600 pL of 200 mM benzamidine, and
1.92 mL ddH,O0 to 12 mL of 5x LB to yield 15 mL of 4x LB.
Then, add 6 mL 4x LB to 18 mL ddH,O to yield 24 mL
1x LB. Finally, add 288 pL of 25% (v/v) Triton X-100 to the
remaining 9 mL of 4x LB. Keep on ice.

. Tev release buffer (Tev): Add 10 pL of 1 M DTT, 100 mM

ATDP, 50 pL of 100 mM pefabloc SC, 80 pL 25% (v/v) Triton
X-100 to 10 mL 1x Tev. Keep on ice.

. Prechill a Type 70.1 Ti rotor and a TLA-110 rotor overnight in

the refrigerator. Set the Beckman 1L7-65 ultracentrifuge and
Beckman Optima TLX ultracentrifuge to 4 °C. Prechill four
Type 70.1 Ti rotor tubes with caps, four TLA-110 rotor tubes,
a 250 mL glass beaker, a 50 mL serological pipette, a glass
Pasteur pipette, two chromatography columns, and a 50 mL
conical tube in the refrigerator.

. Chill the coftee grinder and its plastic lid with liquid nitrogen

for a few minutes. Test the functionality of grinder to make sure
the blade is not stuck.

. Take one conical tube with the frozen cell droplets from the

—80 °C freezer. Transfer the droplets into the grinder and start
grinding. Stop grinding as soon as a sign of melting appears on
lid (~2 min).

. Chill a metal spatula in liquid nitrogen. Use it to transfer the

ground yeast powder into the prechilled 250 mL glass beaker,
then add 34 mL 4x LB to the powder (~1 mL per 10 mL
yeast powder).

. Place the beaker immediately into a 37 °C bath to thaw the

powder. Stir the powder gently with a plastic transfer pipette to
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3.3.4  Purify dynein via its
ZZ-tag

p—

thaw the powder evenly. When the mixture is close to
completely thawed, place the glass beaker quickly back on ice
(make sure that the beaker is surrounded by sufficient ice so
that the upper level of the powder slurry is also close to the ice).

. Use the prechilled 50 mL serological pipet to estimate the

volume of the lysate and add an additional 4x LB to the
solution to achieve a 1 x LB final concentration.

. Use the pipet to fill 2—4 Type 70.1 rotor tubes with roughly

equal amounts of lysate. Fill the tubes to at least 2 /3 of their
volumes to prevent a potential collapsing of the tubes during
centrifugation. Keep them on ice.

. Wipe off the outside of the tubes with a Kimwipe to remove ice

and water, and weigh each tube together with the cap. Transfer
sample between tubes using a transfer pipette to balance each
pair of tubes with a precision of +0.1 g, and then tighten the
caps.

. Dry the outside of the tubes again and place the pairs of equal

weight in opposite positions in the Type 70.1 rotor. Tighten
the rotor’s lid and place the rotor in a Beckman L7-65 ultra-
centrifuge. Once the vacuum is pulled below 250 micron,
centrifuge at 65,000 rpm for 30 min at 4 °C. When the centri-
fugation finishes, take out the rotor. Set centrifuge to 18 °C
and pull vacuum again to prevent condensation.

. Put the tubes quickly on ice, and place the prechilled 50 mL

conical tube also on ice. Transfer the supernatants of all tubes
into the 50 mL conical tube using the prechilled glass Pasteur
pipet. Leave ~0.5 mL in each tube to avoid transferring debris
near the pellets.

. After the supernatants have been transferred, pipette the solu-

tions left in the tubes (without disturbing the pellets) into the
TLA-110 rotor tubes, and balance the tubes. Place the tubes
into the TLA-110 rotor, tighten the rotor lid, and place the
rotor into the Beckman Optima TLX ultracentrifuge, then
centrifuge at 100,000 rpm for 10 min at 4 °C.

. Pipette the supernatants to the 50 mL conical tube from step

12. Reserve 2 pL. of the lysate for SDS-PAGE gel analysis (LY
in Fig. 2a).

. Estimate the volume of the lysate and add ATP.Mg and pefa-

bloc SC to final concentrations of 0.1 mM and 0.5 mM,
respectively.

. During centrifugation, take the IgG beads from the refrigera-

tor and invert the tube several times until beads are completely
resuspended. Pipette 250 pL of the bead slurry into the pre-
chilled chromatography column using a 1000 pL pipette tip cut
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Fig. 2 (a) A representative SDS-PAGE 4-12% gradient gel for dynein purification. The dynein is a full-length
dynein expressed behind its native promoter (Dyn1,71xp2) [65]. Due to the low concentration of native dynein,
its associated subunits generally are not visible by InstantBlue staining. The lower bands in lane “B” are due to
the 1gG antibodies. L molecular ladder, LY lysate, FT flow-through, W7 wash 1, W2wash 2, S sample, B beads.
(b) A representative SDS-PAGE 4-12% gradient gel for dynein microtubule binding release purification. In this
example, the dynein is a truncated construct with an N-terminal GST tag (Dyn1331kpa) [65]. L ladder, S sample,
S1 supernatant 1, P17 pellet 1, S2 supernatant 2, P2 pellet 2

4.

at its tip. Wash twice with 2.5 mL 1x LB using a serological
pipette. Cap the bottom of the column when the total volume
of the bead slurry and solution in the column decreases to
~500 pL. Resuspend the beads in the column using a cut
1000 pL pipette tip and then transfer the washed beads to the
lysate in the 50 mL conical tube.

. Tighten the cap of the conical tube and seal with parafilm.

Nutate the tube at 4 °C for 1 hr.

. Take the other prechilled column from refrigerator, and trans-

fer the lysate into the column. Allow the solution to run
through the column by gravity flow. Collect 2 pL of flow-
through for gel analysis (FT in Fig. 2a).

Wait until the solution level is close to the bead surface. Use a
fresh plastic transfer pipet to wash the beads with 3 x 5 mL of
1x LB. When ~100 pL solution remains on top of the beads
(~350 pL total volume), cap the end of the column. Save 8 pL.
of the flow-through from the final wash step for gel analysis
(W1 in Fig. 2a).
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3.3.5 Label dynein with
fluorescence dyes

3.3.6 Cleave dynein from
beads

3.4 MT binding
and release
purification of yeast
dynein

1. Add HaloTag® ligand or SNAP-tag® ligand to a final concen-
tration of ~10 uM to the column with the beads.

2. Incubate the beads at room temperature for 10 min. Stir gently
using a metal spatula but avoid stirring beads onto the column
walls.

3. Bring the column back to the cold room. Remove the cap and
let the solution drain completely, then wash the beads first with
the remaining 1 x LB, then with 3 x 3 mL of 1x Tev. Follow-
ing the final wash step, cap the column again once a volume of
~200 pL is left in the column. Take an 8 pL sample of the final
flow-through for gel (W2 in Fig. 2a).

1. Place a 2 mL microcentrifuge tube on ice and cut the tip of a
200 pL pipette tip. Resuspend beads by gently pipetting up and
down, and transfer the beads to the 2 mL tube. Add 200 pL 1 x
Tev to the column and resuspend remaining beads, then trans-
fer to the 2 mL tube. Repeat until all beads are transferred. Let
the beads settle for 5 min, then remove supernatant until
150 pL of 1x Tev is left. Add 4 pL AcTev protease.

2. Parafilm the tube and incubate for 2 h at 4 °C while slowly
rotating.

3. Centrifuge the tube for 30 s at 1000 rcf at 4 °C using the
refrigerated microcentrifuge. Save 8 pL of the supernatant for a
gel sample “S” of native dynein or 5 pL for a sample of dynein
expressed behind the galactose promoter (Fig. 2a).

4. Carefully pipette the supernatant into a 0.5 mL low retention
microcentrifuge tube. Do not disturb the bead pellet. Pipette
the solution that is close to the bead pellet to another tube, and
then move the pipet tip into the bead pellet to get the last bit of
solution. Centrifuge the second tube and carefully transfer the
supernatant to the first tube (see Note 17). Aliquot into 50 pL
volumes (Tev release aliquots). Drop tubes immediately into
liquid nitrogen. Store at —80 °C. Use 200 pL of 1x Tev to
resuspend the beads. Save 5 pL for gel (B in Fig. 2a).

5. Add 2 pL 5x SDS loading dye to each gel sample and add
ddH,O to a final volume of 10 pL, then boil the samples for
10 min. Set up a bis-tris 4-12% gel in the minigel box, fill the
chambers with 1 x running bufter, load the samples and run for
50 min at 200 V. Stain the gel with InstantBlue, and scan with
an Odyssey® imaging system (se¢ Note 18).

In a second affinity purification step, an MT binding and release
assay is performed to remove nonfunctional and/or aggregated
dynein motors and other impurities (se¢e Note 19). Dynein is
mixed with MTs in the absence of ATP (strong MT-binding state)
and then released from MTs in the presence of ATP (weak MT-
binding state).
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.Add 1 pL 0.1 M DTT and 0.2 pL. 10 mM paclitaxel to both

100 pL BRB80 with 10% glycerol and to 100 pL glycerol
cushion.

. Dilute 1 pL 10 mM paclitaxel in 49 pL. DMSO for a concen-

tration of 0.2 mM.

. Add 0.2 pL 25 mM GTP.Mg to 5 pL 5 mg/mL tubulin for a

final concentration of 1 mM GTP and incubate at 37 °C for
15 min. Then add 0.7 pL 0.2 mM paclitaxel to the solution to
stabilize the MTs. Mix well by gentle pipetting (do not vortex).

. Add 60 pL glycerol cushion to a TLA-100 rotor tube, carefully

pipette the MT solution on top of the cushion, and mark the
outside edge of the tube with a permanent marker to help find
the pellet position after the centrifugation. Place the tube
inside the TLA-100 rotor with the mark facing outward and
place a balance tube in the opposite rotor position. Centrifuge
at 80,000 rpm for 10 min at room temperature.

. Remove the supernatant, gently wash the pellet with 4 x 20 pL

BRB80 with 10% glycerol, and resuspend the pellet in 5 pL
BRB80 with 10% glycerol. Store at room temperature (see
Note 20).

.Add 1 pL. 0.1 M DTT and 0.2 pLL 10 mM paclitaxel to 100 pL

sucrose cushion and 2 pl. 0.1 M DTT and 0.4 pL 10 mM
paclitaxel to 200 pL wash buffer, mix well.

. Add 2 pLL 5x SDS loading buftfer and 3 pl. of ddH,O to each of

five 0.5 mL “gel-loading tubes” for SDS-PAGE gel analysis.

. Thaw an aliquot of 50 pL Tev release dynein. Add a 5 pL

sample to one gel-loading tube and label with “S” for “sample”
(Fig. 2b), then flash-freeze the tube.

. Add 0.1 pL 10 mM paclitaxel to the dynein solution, mix well

by gentle pipetting (do not vortex).

. Add 5 pL of the polymerized 5 mg/mL MT solution (prepared

in Subheading 3.4.1) to the dynein solution and incubate at
room temperature for 5 min to allow dynein to bind to the
MTs.

. Add 100 pL sucrose cushion into a clean TLA-100 tube,

carefully layer the MT/dynein solution onto the cushion, and
mark the outside edge of the tube with a permanent marker.
Place the tube inside the TLA-100 rotor with the mark facing
outward and place a balance tube in the opposite rotor posi-
tion. Centrifuge at 40,000 rpm for 10 min at 25 °C.

. Add 5 pL of the supernatant to a gel-loading tube and label

with “S1” (supernatant 1, Fig. 2b), then flash-freeze the tube.
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of MTs for
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Assays

3.5.1 Polymerization
of Functionalized MTs

3.5.2  Polymerization
of Polarity-Marked MTs

8. Remove the supernatant and cushion carefully. Wash the pellet
gently with 20 pLL wash buffer, then remove wash buffer.

9. Resuspend the pellet with 52 pL wash buffer and add a 5 pL.
sample to one of the three remaining gel-loading tubes and
label with “P1” (pellet 1, Fig. 2b), then flash-freeze the tube.

10. Add 3 pL 100 mM ATP.Mg to the resuspended pellet and mix
well. Incubate at room temperature for 2 min, then centrifuge
at 40,000 rpm for 5 min at 25 °C.

11. Chill a 0.5 mL low-retention microcentrifuge tube on ice and
transfer the supernatant from the TLA-100 tube to the low-
retention microcentrifuge tube. Take a 5 pL. sample and add it
to one of the two remaining gel-loading tubes and label with
“S§2” (supernatant 2, Fig. 2b), then flash-freeze the tube.
Aliquot the remaining dynein-containing supernatant into
1.5 pL volumes using PCR tubes. Flash-freeze the aliquots
and store at —80 °C.

12. Wash the pellet with 20 pL wash bufter, remove the wash
buffer, and resuspend pellet in 50 pL wash bufter. Add a 5 pL
sample of the resuspended pellet to the last remaining gel-
loading tubes and label with “P2” (pellet 2, Fig. 2b), then
flash-freeze the tube.

13. Analyze the saved gel samples using SDS-PAGE gel electro-
phoresis as described in step 27 in Subheading 3.3.

Functionalized tubulins, such as fluorophore-tagged tubulin and
biotinylated tubulin, are frequently employed to visualize and/or
immobilize MTs [45, 46, 69, 70]. Functionalized tubulins are
either commercially available, or can be prepared as previously
described in detail [53]. Usually, functionalized tubulins are
mixed with unlabeled tubulin at a low ratio, and incorporated
into MTs during polymerization.

1. Add one aliquot of fluorescently labeled-tubulin (1 pg) and one
aliquot of biotinylated-tubulin (1 pg) to one aliquot of unla-
beled tubulin (5 pL of 5 mg/mL; 25 pg). Mix thoroughly and

incubate for 10 min on ice.

2. Follow the protocol described in Subheading 3.4.1 to poly-
merize a mixture of functionalized and nonfunctionalized
tubulin.

Polarity-marked MTs are used to distinguish between the plus and
minus ends of MTs. Tubulin with a high ratio of fluorophore-
labeled-to-unlabeled tubulin is first polymerized to create bright
MT seeds, then a tubulin mixture with a lower ratio of labeled-to-
unlabeled tubulin is added to continue polymerization off the ends
of the seeds. This procedure yields fluorophore-labeled MTs with
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bright minus ends [71]. However, MTs can join end-to-end or
anneal over time at room temperature [72] so that the bright
seeds no longer mark the end of the MT. It is therefore recom-
mended to prepare the polarity-marked microtubules fresh on the
day of the experiment.

1. Add 0.2 pLof 1 M DTT and 2 pL of 100 mM GTP to 200 pL
BRB80 with 10% glycerol, and keep on ice.

2. Dilute 1 pL. 10 mM paclitaxel in 49 p. DMSO to 0.2 mM.

3. To prepare the tubulin stock for the seeds (S), take one vial of
the rhodamine-labeled tubulin (20 pg) from the freezer, add
12 pL of the buffer prepared in step 1 to solvate the tubulin,
and incubate on ice. If biotinylated tubulin is needed, add the
12 pL solution with the rhodamine-labeled tubulin to a vial of
biotinylated tubulin (20 pg) to solvate the biotin-tubulin. Ali-
quot ten 0.5 pL volumes and flash-freeze in liquid nitrogen.
Store at —80 °C.

4. To prepare the tubulin stock for MT polymerization (T), add
the remaining labeled tubulin solution (7 pL) to an aliquot of
unlabeled tubulin (5 pL of 5 mg/mL), mix well by gentle
pipetting, then incubate on ice for 10 min. Add 40 pL
BRB80 with 10% glycerol, and mix well, then aliquot into ten
5 pL volumes and flash-freeze in liquid nitrogen. Store at
-80°C.

5. Polymerization of polarity-marked MTs: Take one aliquot each
of the “seeds” stock (S) and the “polymerization” stock (T)
from the freezer. Incubate S at 37 °C for 5 min, add T to S, and
incubate at 37 °C for 15 min, then add 0.7 pL of 0.2 mM
paclitaxel.

6. Follow steps 4 and 5 of Subheading 3.4.1 to remove free
tubulin.

There are a number of different approaches for attaching MTs to
glass surfaces, the choice of which depends on the assay to be
performed. Here, we begin by describing two easy-to-use protocols
for the surface attachment of MTs for single-molecule fluorescence
and optical trapping assays. While both techniques are based on the
noncovalent attachment of MTs to glass surfaces, one technique
relies on the surface attachment via functionalized (biotinylated)
MTs and the other uses nonfunctionalized MTs by taking advan-
tage of the electrostatic interactions between the negatively charged
tubulins and the positive charge of surface-attached PLL. Both
techniques result in rigidly attached MTs for up to ~30 min in the
presence of blocking reagents. Surface-attachment of biotinylated
MTs through streptavidin-biotin linkages is a commonly used
method. Note, however, it results in the random orientation of
MTs on the coverslip surface. This is less ideal for optical trapping
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3.6.1 Immobilization via
Biotin-Streptavidin
Interactions

experiments, where it is preferable to perform force measurements
along a fixed axis. In contrast, the PLL-based method results in
MTs that are aligned with the long axis of the slide chamber,
because surface-attachment occurs immediately as a result of the
laminar flow and the favorable initial electrostatic interactions when
MTs come in contact with the surface-bound PLL while the solu-
tion is flown into the chamber. Lastly, we describe a new protocol
that combines both techniques and results in aligned MTs and in
rigid surface attachment for more than an hour.

The binding of biotinylated MTs to BSA-biotin via streptavidin is
routinely used to attach MTs to coverslip surfaces [69, 73, 74].
First, BSA-biotin is attached to the glass surface via nonspecific
interactions, and then streptavidin is applied to bind the surface-
bound BSA-biotin specifically (Fig. 3a). Biotinylated MTs are then
flown into the chamber and given sufficient time to rigidly bind to
the streptavidin-coated surface. While this approach results in a
random orientation of the attached MTs (Fig. 4a), it provides a
straightforward and easy to use method for single-molecule fluo-
rescence assays.

1. Coverslip cleaning: Place coverslips in a coverslip rack and
submerge in 1 M HCI overnight. Rinse extensively with
ddH,O, then sonicate sequentially in 30% ethanol, 50% etha-
nol, and absolute ethanol for 30 min/solution. Store the cover-
slips in ethanol until usage (sec Note 21).

2. Coating with biotin-BSA: Assemble a flow chamber as
described before in detail [53] using the coverslips cleaned in
step 1. Flow 15 pL biotin-BSA into the chamber and incubate
for at least 30 min (sec Note 22). Dilute 4 pL of 50 mg/mL
BSA into 196 pL of BRB80-s and wash the chamber with
2x 20 pL. BRB80-s with BSA.

3. Binding of streptavidin: Add 16 pLL of BRB80-s with BSA to an
aliquot of 4 pL. 5 mg/mL streptavidin, mix well, and flow into
the flow chamber. Incubate at room temperature for 8—10 min,
and then wash with 2x 20 pL of BRB80-s with BSA.

4. Binding of MTs: Dilute the MT solution prepared in Subhead-
ing 3.5.1 (fluorescently labeled and biotinylated MTs) or Sub-
heading 3.5.2 (fluorescently labeled, polarity-marked and
biotinylated MTs) 1:10 in BRB80-s, and then add 1 pL of the
diluted MT solution to 19 pL. BRB80-s with BSA (to create a
1:200 final dilution of the MT solution). Flow 20 pL of the
diluted MT solution into the chamber and incubate at room
temperature for at least 15 min. Wash twice with 20 pL
BRB80-s with BSA. Proceed with step 1 of Subheading 3.7.1
to perform single-molecule dynein motility experiments.
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Fig. 3 (a) Scheme of microtubule immobilization via BSA-biotin-streptavidin attachment. BSA-biotin (green)
adsorbs to a coverslip surface, followed by streptavidin (orange) that is bound to biotin. MTs with biotinlyated
tubulin are then immobilized via streptavidin. (b) Scheme of microtubule immobilization via PLL. PLL (yellow)
adsorbs to a coverslip surface, followed by Tween-20 (purple), which blocks the surface. MTs are immobilized
via electrostatic interactions with the amine groups of PLL. (c) For optical trapping assays, the amine groups of
PLL can be sparsely labeled with NHS-biotin, and biotinylated MTs can be further tightly attached via
streptavidin
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Fig. 4 (a) Micrograph of MTs attached to a coverslip surface via BSA-biotin-streptavidin attachment. (b)
Micrograph of MTs attached to a coverslip using PLL

3.6.2 Immobilization via
Poly-L-Lysine

While MT surface-attachment based on biotin—streptavidin inter-
actions is a commonly used method, it is rather time-consuming
due to the laborious preparation of coverslips and the long incuba-
tion times. In addition, biotin-BSA and streptavidin are costly, and
the method results in the random orientation of MTs on the
coverslip surface, which makes this approach less useful for many
optical trapping assays.

In order to align MTs with the long axis of the flow chamber,
AEAPTES (N-(2-aminoethyl)-3-aminopropyl triethoxysilane)-
coated coverslips can be used to immobilize MTs via covalent
binding [53], and we have commonly used this method in our
laboratory [45, 46]. However, the coating of coverslips with
AEAPTES is also time-consuming, and generates hazardous
waste. Most critically, AEAPTES is labile, resulting in inconsisten-
cies in the coverslip surface coating if it is not fresh or stored in a
vacuum or inert gas [53]. Therefore, we have adopted the use of
PLL-coated surfaces, a technique that is commonly used to facili-
tate the attachment of cell cultures to surfaces [75] (Fig. 3b). Like
AEAPTES, PLL binds MTs via its positively charged amine groups,
but its handling is significantly easier and more time- and cost-
effective than using AEAPTES. And most importantly, as is the
case for AEAPTES-based immobilization, MTs immobilized with
PLL are well aligned with the long axis of the flow chamber due to
the combination of the favorable initial electrostatic interactions
with the positively charged surface and the laminar flow induced by
the filling of the chamber (Fig. 4b).

1. Coverslip cleaning: Place coverslips in a coverslip rack and
submerge the coverslips in 25% (v/v) HNOj for 10 min.
Rinse with ddH,O, then submerge in 2 M NaOH for 2 min
(see Notes 23 and 24). Extensively rinse with ddH,O, and then
dry the coverslips on a heating block for 10-20 min.
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2. Coating with PLL: Once the coverslips have cooled down,
submerge them in 0.01% (w/v) PLL solution for 2 min (see
Note 25), and subsequently in Tween-20 (0.1%) overnight to
block the surface (see Note 26). The coverslips can be stored in
Tween-20 solution for 1 week. Before usage, wash a coverslip
with ddH,O and dry it with filtered, compressed air or vac-
uum, then assemble a flow chamber.

3. Binding of MTs for single-molecule fluorescence and /or opti-
cal trapping experiments: Dilute the MT solution prepared in
Subheading 3.5.1 or 3.5.2 1:10 in BRB80-s, and then add 1 pL.
of the 1:10 diluted MT solution to 19 pL. BRB80-s to create a
1:200 final dilution. Flow 20 pL of the diluted MT solution
into the chamber and immediately wash with 2x 20 pL
BRB80-s. Proceed with Subheading 3.7.1 to perform single-
molecule dynein motility experiments or Subheading 3.7.2 to
perform optical trapping experiments.

The MT immobilization method solely based on surface-bound
PLL (Subheading 3.6.2) will suffice for single-molecule in vitro
experiments if the experiments can be carried out within ~30 min.
However, the frequently used blocking reagent casein, which is very
effective in passivating positively-charged surfaces due to its highly
negatively charged N-terminal region [76], competes with MTs for
attachment to surface-bound PLL (and likely also shields the posi-
tive charges of PLL). This results in increasingly floppy MTs and the
eventual dissociation, making finding well-aligned and rigidly
bound MTs increasingly difficult. To improve the time of rigid
MT attachment for optical trapping assays that often last for more
than an hour, we have established a new protocol that combines
electrostatic and biotin—streptavidin interactions for the immobili-
zation of MTs to coverslip surfaces (Fig. 3c). While the use of the
PLL-coated surfaces facilitates the rapid attachment of MTs to the
coverslip surface with their long axes aligned with the long axis of
the flow chamber, the additional streptavidin/biotin-based surface
binding of MTs ensures that the rigid attachment is maintained for
extended times. To do so, we bind NHS-biotin covalently to a
fraction of the amine groups of the surface-bound PLL and use
biotinylated MTs.

1. Submerge a coverslip coated with PLL and Tween-20
(prepared in steps 1 and 2 of Subheading 3.6.2) for 3-5 min
in 0.1% PLL solution (se¢ Note 27), and then wash it with
ddH,O. Dry the cover slip with filtered, compressed air or
vacuum and assemble it into a flow chamber.

2. Add 8 pL of coupling bufter to 2 pL of 10 mM EZ-link NHS-
biotin, and flow the solution into the chamber. Incubate at
room temperature for 5 min, and then wash the chamber with
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3.7 Single-Molecule
Assays

3.7.1  Single-Molecule
Fluorescence Assay

200 pL. ddH5O. Dry the flow chamber with filtered, com-
pressed air or vacuum, and dilute 4 pL. 5 mg/mL streptavidin
in 16 pL. HME3O0 to yield 1 mg/mL streptavidin, then flow
into the chamber. Incubate at room temperature for 5 min,
then wash four times with 20 pL HME30. Dry the chamber
with filtered, compressed air or vacuum.

3. Dilute 0.2 pL of polarity-marked, rhodamine-biotin-MTs
(prepared in Subheading 3.5.2) in 20 pLL of HME30-s, flow
the diluted MT solution through the chamber, and then imme-
diately wash with 2x 20 pL. of HME30-s (the more time passes
before the wash step, the more MTs will attach to the coverslip
surface with random orientations). Proceed with step 1 of
Subheading 3.7.2 to perform optical trapping experiments on
dynein.

Over the past three decades, single-molecule techniques have
provided significant insights into the functions and mechanisms of
motion- and force-generating mechanoenzymes, with applications
across multiple disciplines [77]. In the cytoskeletal motor field, the
most commonly used single-molecule techniques are based on
single-molecule fluorescence measurements [65, 78, 79] and
force measurements using optical tweezers [45, 46, 80-84] (or a
combination of both [85]). As the technical details of both meth-
ods have been described and discussed in detail elsewhere, here we
only describe the remaining steps needed to successfully set up
single-molecule fluorescence and optical trapping experiments on
dynein using the MT-filled slide chambers prepared in Subheadings
3.6.1-3.6.3. For more details on these assays, please refer to refs.
54, 86-88.

In single-molecule fluorescence motility assays, the velocity and run
length of a processive motor along MTs can be tracked and
measured via a fluorescent tag using TIRF microscopy [89, 90].
Below, we describe the remaining steps that have to be executed to
visualize the motility of recombinant yeast dynein.

1. Prepare a slide chamber with surface-attached MTs as
described in Subheading 3.6.1 (MT immobilization via bio-
tin—streptavidin interactions only), Subheading 3.6.2 (MT
immobilization via PLL only) or Subheading 3.6.3 (MT immo-
bilization via both PLL and biotin—streptavidin interactions).
Take out one aliquot (200 pL) of HME30-s from the —20 °C
freezer.

2. Add 2.5 pL of 25 mg/mL p-cascin to 47.5 pL. of HME30-
s (for a final concentration of 1.25 mg/mL), and wash the slide
chamber with 2x 20 pL. of HME30-s with casein.
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Fig. 5 (a) A representative kymograph of full-length dynein. The acquisition rate was 500 ms/frame. (b) A
representative stall trace of full-length dynein. The spring constant k was 0.045 pN/nm

3.7.2 Optical Trapping
Assay

3. Toafresh 0.5 mL tube, add 43 pL. of HME30-s, 5 pLL f-casein,
0.5 pL ATP, 0.5 pL. POC, and 1 pL of the dynein MT binding
release fraction (prepared in Subheading 3.4.2). Mix well and
flow 2x 20 pL of the mixture into the flow chamber, then seal
the chamber with vacuum grease.

4. Mount the slide chamber to the microscope stage using a
sufficient amount of immersion oil, and perform TIRF motility
experiments as detailed elsewhere [89, 90].

5. Analyze the data by creating Kymographs via Image] (Fig. 5a)
or by applying a single-particle tracking software such as
FIESTA [91].

Optical tweezers [52] is an invaluable tool to probe the nanometer-
scale displacements and piconewton force generation of individual
dynein molecules. In the assay described here, full-length yeast
dynein is coupled to anti-GFP antibody-coated 1-pm polystyrene
beads through the N-terminal GFP-tag on the motor’s tail.
Dynein-coated beads are captured with a fixed position optical
trap and placed above a surface-bound MT using the nanoposition-
ing stage of the microscope. Upon MT binding, a dynein-coated
bead moves along the MT away from the trap center until the
motor stalls and eventually releases (Fig. 5b). As we have described
the technical aspects of these experiments in detail before [48, 54,
92], here we simply outline the final steps necessary to set up a
trapping experiment using recombinant dynein.
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. In a 0.5 mL tube, dilute 1 pL of anti-GFP beads in 49 pL of

HME30, and parafilm the tube and store the diluted beads at
4°C.

. Take out one aliquot (200 pL) of HME30-s from the —20 °C

freezer, and thaw in a 37 °C bath or in your hand.

. Prepare a slide chamber with surface-attached MTs as

described in Subheading 3.6.3 (MT immobilization via PLL
and biotin—streptavidin interactions).

. Add 2.8 pL of 25 mg/mL a-casein to the remaining 140 pL

HME30-s to a final concentration of 0.5 mg/mL, and use the
solution to dilute dynein to a concentration that results in MT
binding by <50% of beads in the final assay, implying binding
by single motors [93] (start with a dilution of 1:1000 achieved
by serially diluting the motor in tenfold steps).

. Briefly sonicate 4 pL of diluted beads in a 0.5 mL low-retention

tube.

. Add 4 pL of the diluted dynein to the beads, mix well by gentle

pipetting, then incubate on ice for 10 min.

. Add 0.4 pL of POC, 0.4 pL of ATP, 0.4 pL of PEP, and 0.4 pL

of PK (ATP regeneration system) to 31 pL. of HME30-s with a-
casein, and mix well, then add the mixture to the aliquot with
the dynein-beads solution. Flow 2x 20 pL of the dynein-bead
mixture into the chamber, and seal the chamber with vacuum
grease.

. Perform data collection and data analysis as previously

described [48, 54, 92].

4 Notes

. Normally, standard PCR machines are used. However, if a

laboratory only needs to do routine PCR in a small scale, the
miniPCR™ machine could be an inexpensive option. We have
tested it for amplifying DNA between 150 bp and 9 kbp using
different DNA polymerases such as KOD hot start DNA poly-
merase, Q5™ (NEB), and Phusion® (NEB), and the yield and
purity are comparable to those resulting from standard PCR
machines.

. Trolox is not very soluble. It is best to add HEPES, MgCl,,

EGTA, and Trolox to a 50 mL conical tube and nutate over-
night covered with aluminum foil, and then add DTT and
paclitaxel before aliquoting.

. Most yeast genes lack introns, and deletions of these introns

generally do not affect cell growth, but extra care should still be
taken when working with intron-containing genes [94].
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. While 5-FOA (5-fluoroorotic acid) is nontoxic, it can be con-

verted into the toxic compound 5-flurouracil if URA3-
encoded orotidine 5’-phosphate decarboxylase is present. For

more details on PCR-based yeast gene engineering, please refer
to refs. 56, 95, 96.

. Although studies have shown that having only 30 bp overlap

can lead to successful homologous recombination, 60 bp over-
lap is reccommended for high efficiency transformation [97].

. SGD is a specialized database for Saccharomyces cerevisiae, but

other databases such as UniProt and NCBI can be used as well.

. We use SerialCloner (v. 2-6-1) to do DNA and protein

sequence analysis for molecular cloning but other software
tools can be used as well.

. Online primer design tools, such as Primer-BLAST (NCBI)

and PrimerQuest (IDT DNA), can be used to obtain the
primers.

Other high fidelity DNA polymerases can be used as well. In
particular, when more difficult reactions need to be performed,
it may be necessary to optimize PCR parameters or to choose a
different DNA polymerase.

The primers can be dissolved in TE buffer to 100 pM as stock,
which can be further diluted to 10 pM in 10 mM Tris buffer.
The second dilution should not contain EDTA, which would
interfere with the DNA polymerase.

Running the gel at a lower voltage may improve the resolution,
but will result in a longer running time.

The mechanism underlying this transformation is not fully
understood.

While this step could be skipped for URA selection, it is critical
for 5-FOA selection: Without the recovery step, the colonies
that appear on the SC/5-FOA plate will mostly be false posi-
tives, with mutations in the URA3 gene that disrupt its function,
rather than having incorporated the desired DNA sequence.

It is always a good practice to store two tubes of each yeast
strain, and put one strain in a separate box as a backup, in case
the other tube is contaminated.

Do not let the pipette get too close to the liquid nitrogen as the
cell slurry might freeze inside the pipette tip.

Depending on the yeast strain, the volume of the pellet varies
between 25 and 40 mL (dysfunctional dynein causes cells to
grow slower, resulting in a smaller yield).

We do not recommend using a membrane filter unit to separate
the solution from the beads, since dynein tends to bind to
membrane surfaces.
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18.

19.
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21.

22.
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25.

26.

If quantification of the bands is needed, BSA or actin standards
should be included on the gel as well.

MT binding and release purification may not be applicable for
some dynein mutants. In this case, although more labor inten-
sive, size exclusion chromatography [98] or sucrose density
gradient centrifugation [99] can be applied, which are better
techniques for removing aggregated dynein and impurities.

MTs are temperature sensitive and tend to disassemble in the
cold in the absence of taxol. When maintained in the presence
of taxol, MTs can be used for up to 1 week when stored at
room temperature.

It is important to submerge the coverslips in ethanol for a few
hours before usage, otherwise the surface is less hydrophilic,
resulting in the reduced binding of BSA-biotin.

The longer the BSA-biotin incubates in the chamber, the
higher its surface density, and therefore the MTs will bind
more strongly later. We recommend preparing the flow cham-
bers with BSA-biotin in the morning, storing them in a humid-
ity box at room temperature, and using them in the afternoon.
Alternatively, BSA-biotin can be incubated in the flow chamber
in a humidity box overnight at 4 °C.

The HNOj3 and NaOH solutions can be reused without losing
their effects for a long time. However, it is a good practice to
replace the solutions once a year.

The surfaces of coverslips treated with NaOH are hydrophilic,
which is favorable for surface adsorption. However, this treat-
ment also etches the glass surface and renders the surface
uneven [100], which is undesirable for MT binding. Thus,
the NaOH incubation time was optimized to result in a suffi-
cient surface absorption of PLL while preventing the distortion
of MTs.

The incubation time of the PLL solution is important. Increas-
ing the incubation time can result in too high a density of PLL
on the coverslip. While the MTs will bind rigidly for a longer
period of time with a higher PLL density, the increase in
positive charge along the surface of the coverslip can be disrup-
tive to the motility of microtubule-associated motor proteins,
which have positively-charged MT-binding domains.

Various surface blocking agents have been utilized to block
coverslip surfaces to prevent nonspecific binding. Besides
Tween-20 and detergents such as Pluronic F-127 and Triton
X-100, proteins such as BSA and casein, and polymers such as
PEG have been used to block surfaces to various degrees of
success. For single-molecule TIRF assays, other blocking agents
can replace Tween-20. However, while BSA is a commonly used
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blocking agent in optical trapping assays, in our experience,
casein is significantly more effective in preventing nonspecific
interactions between the beads and coverslip surface than BSA.
It is therefore advised to rule out bead-surface interactions in the
absence of motors when switching to a different blocking agent
before an experiment is performed.

27.

The increase in surface-bound PLL as a result of the second

incubation with PLL is necessary to provide binding sites for
the covalent attachment of NHS-biotin while leaving enough
positively charged amine groups for electrostatic interactions
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Chapter 5

A Brief Introduction to Single-Molecule Fluorescence
Methods

Siet M.J.L. van den Wildenberg, Bram Prevo, and Erwin J.G. Peterman

Abstract

One of the more popular single-molecule approaches in biological science is single-molecule fluorescence
microscopy, which will be the subject of the following section of this volume. Fluorescence methods
provide the sensitivity required to study biology on the single-molecule level, but they also allow access
to useful measurable parameters on time and length scales relevant for the biomolecular world. Before
several detailed experimental approaches will be addressed, we will first give a general overview of single-
molecule fluorescence microscopy. We start with discussing the phenomenon of fluorescence in general and
the history of single-molecule fluorescence microscopy. Next, we will review fluorescent probes in more
detail and the equipment required to visualize them on the single-molecule level. We will end with a
description of parameters measurable with such approaches, ranging from protein counting and tracking,
single-molecule localization super-resolution microscopy, to distance measurements with Forster Reso-
nance Energy Transfer and orientation measurements with fluorescence polarization.

Key words Microscopy, Confocal fluorescence, TIRF, Wide-field epi-fluorescence, Fluorophore

1 Introduction

1.1 A Brief The name fluorescence was first used by Sir George Gabriel Stokes
Introduction in his seminal 1852 paper “On the Change of Refrangibility of
to Fluorescence Light” [1], where he describes this phenomenon in many different
Spectroscopy materials, following the steps of Herschel’s studies on quinine

solutions [2, 3] and Brewster’s on fluor-spar (fluorite) [4]. In a
note Stokes states: “I am almost inclined to coin a word, and call
the appearance fluorescence, from fluor-spar, as the analogous term
opalescence is derived from the name of a mineral”. By now,
fluorescence spectroscopy has become an indispensable technique,
in particular in biomolecular research [5]. Fluorescence is defined
as light emitted by a molecule after absorption of light by the same
molecule and involves a spin-allowed, singlet-singlet electronic
transition. As an example, in Fig. la an imaginary absorption and
fluorescence emission spectrum is shown. The energy levels

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_5, © Springer Science+Business Media LLC 2018

93



94 Siet M.J.L. van den Wildenberg et al.

A Stokes’ shift B

3
A Abs Em 82 2
> % IC
‘D ISC
CICJ S] ¥ LaAVAVAV V. T
E 1
= Absorption |  Phosphorescence
=
D IC
w
Fluorescence IC
)\;‘b\"‘"* A[mrnax E g
wavelength S, % — Y v S,

Fig. 1 (a) Absorption (Abs) and fluorescence emission (Em) spectrum of an imaginary molecule. The maximum
of the emission spectrum is shifted towards the red (higher wavelength) with respect to the maximum of the
absorption spectrum, a property called the Stokes’ shift. (b) Jabtoriski diagram. The electronic states (S, S+,
S,) and their vibronic states are depicted by horizontal lines. The straight arrows indicate radiative transitions,
the wavy ones non-radiative transitions

involved in absorption and fluorescence are usually depicted in a
Jabtonski diagram (Fig. 1b). The electronic ground state and first
and second excited singlet states are designated Sg, Si, and S,,
respectively. The thin horizontal lines represent vibronic levels,
involving in addition to electronic, vibrational excitation. Transi-
tions between the levels are depicted as vertical arrows, straight
ones involving radiative transitions, wavy ones radiation-less ones.
From the ground state Sy a molecule can absorb a photon, leading
to an excited state, in Fig. 1a to S,. Usually, excitation from a higher
vibronic state is followed by fast (typical time scale: ~107'2 )
radiation-less relaxation to the lowest vibrational level of S;, a
process called internal conversion, leading to the generation of
heat. From S, the excited molecule can usually relax to the ground
state in one of three ways. (1) The molecule can return to the
ground state while emitting a photon, fluorescence (~107% s). (2)
The molecule can get rid of the excitation energy without emitting
a photon, via internal conversion (IC, ~10% s). Finally, (3) the
electrons in the molecule can undergo a spin conversion to a triplet
state, a process called intersystem crossing (ISC, ~107® s). The
resulting triplet state (T;) can decay to the ground state in a
radiation-less way via internal conversion or while emitting a pho-
ton, phosphorescence, which usually takes place on a much longer
time scale than fluorescence, since it involves a spin-forbidden
transition. The time scales mentioned are typical values and vary
substantially among different molecules and can also depend on the
(solvent) environment. An important property of fluorescence of
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molecules in condensed phases is the so-called Stokes’ shift: the
energy of the emitted photons is generally lower than that of the
absorbed photons (Fig. la). The most important reason, as
depicted in Fig. 1b, is fast relaxation of the excited state to the
lowest vibrational level of S;, from which transitions can occur to
vibrationally excited states of Syp. In addition, in the liquid state,
solvent effects can contribute to the energy shift [5].

A key cause for the popularity of fluorescence to study biomolecules
is its sensitivity. The sensitivity is such that, using the appropriate
instrumentation, the fluorescence emitted by a single fluorophore
can be readily detected. An important reason for the sensitivity is
the Stokes’ shift, which allows, after proper filtering, detection of
the fluorescence signal against a black background. Over the last
decades, researchers have pushed the detection limit further and
further. In the 1970s, Hirschfeld observed single antibodies,
labeled with ~100 fluorescein molecules [6]. In the 1980s, single
phycoerythrin proteins, also containing multiple fluorophores,
were detected [7, 8]. In 1989, Moerner and coworkers succeeded
in detecting, at liquid helium temperatures, the absorption of single
dye molecules embedded in organic crystals [9]. At these low
temperatures and in crystalline environment, the absorption line
of a single molecule is extremely narrow but very strong, making
the detection of a single molecule possible. Orrit and coworkers
detected, for the first time, using the same molecular system, the
fluorescence of a single fluorophore (at low temperature) [10]. For
most biological applications, however, more ambient conditions
are required: room temperature and solutions in water. Such con-
ditions lead to different spectral properties (absorption and emis-
sion bands are often tens of nanometers wide) and quite different
instrumentation is required. In 1990, Keller and coworkers were
able to detect single Rhodamine-6G molecules flowing through a
small detection volume [11]. This discovery paved the way for the
new advancements in methodology described in this part of the
book that have made single-molecule fluorescence microscopy to a
successful tool to study the ways and means of biomolecules [5,
12-14]. In 2014, the Nobel Prize in Chemistry has been awarded
to Stefan W. Hell, W. E. Moerner and Eric Betzig. Moerner and
Betzig received the prize for their roles in the development of
single-molecule localization super-resolution microscopy, one of
the methods that allows breaking the diffraction limit, increasing
the resolution of optical microscopes to better than half the wave-
length of light used [12].
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2 Fluorophores

2.1 Important
Properties of
Fluorescent Molecules
Used for Single-
Molecule Methods

Single-molecule fluorescence microscopy at ambient conditions
relies on the accurate detection of photons emitted by one or
more fluorophores attached to a single biomolecule while, at the
same time, limiting the background signal using advanced micros-
copy techniques. The higher the signal-to-background ratio, the
more detailed and clear the information is that can be obtained.
Optimization of the signal-to-background ratio is therefore an
essential element in single-molecule fluorescence microscopy
[15]. Generally speaking, two approaches can be distinguished.
(1) Increasing the signal, by creating the optimal conditions for
the fluorophore to emit photons and by increasing the sensitivity
and efficiency of photon collection and detection. (2) Decreasing
the background, using advanced microscopy techniques that probe
only small volumes around the molecule of interest. Under opti-
mized conditions, the signal from a single fluorophore such as
Rhodamine-6G (R6G) can be detected [11]. To provide an idea
about the expected fluorescence intensity due to a single R6G, we
will make a rough estimation of the number of photons that can be
detected when a laser (4 = 532 nm), with an intensity of 100 W/
cm?, illuminates a single R6G molecule suspended in water. We first
have to calculate how many photons are absorbed by the molecule,
using its absorption cross section, ¢, which can be determined from
the molecular extinction coefficient, &, of R6G (~100,000 L./mol/
cm at 532 nm) using:

2.303¢
o =
Ny

(1)

where Ny is Avogadro’s constant. Use of this equation yields a cross
section of 3.8 x 107 ¢m? for R6G [5]. Next, we calculate the
energy of a single photon:

E=Z 2)

with 4 Planck’s constant, ¢ the velocity of light and A the excitation
wavelength resulting in 3.7 x 107" J per photon. This means that
with an illumination intensity of 100 W/cm? the sample is bom-
barded by 2.7 x 10?° photons /s /cm?. Multiplying the photon flux
per cm? (g,) with the absorption cross section of R6G:

92 = qp " OR6G> (3)

we find that every second 1.0 x 10° photons are absorbed (g,) by a
single R6G molecule! From S;, the molecule can relax to the
ground state in one of three ways and thus not every photon that
is absorbed by R6G leads to fluorescence. The fluorescence
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quantum yield @y is the ratio between photons absorbed and
photons emitted. For R6G the fluorescence quantum vyield is
about 0.45 in water, resulting in an emission rate of 4.5 x 10*
photons per second for a single R6G under the conditions defined
above [16]. Even with fully optimized instrumentation only about
12% of the emitted photons can be counted by the detector [17].
Thus, one can expect a fluorescence photon flux of ~5 x 103
photons/s from a single R6G fluorophore illuminated with an
intensity of 100 W/cm?. R6G is a water-soluble, synthetic fluor-
ophore with properties comparable to other fluorophores widely
used in single-molecule microscopy. Below we will discuss the key
fluorophore properties relevant for which fluorophore to use for
what experiment.

Nowadays, a large array of different fluorophores exists that can be
detected simultaneously to study different single molecules at the
same time [18]. Four different classes of fluorescent labels can be
distinguished: (1) synthetic dyes such as Cy3, Cy5, Rhodamine 6G,
and fluorescein isothiocyanate (FITC), (2) semiconductor nano-
crystals such as quantum dots (QDs), (3) genetically encoded
fluorescent labels like eGFP and yellow fluorescent protein (YFP),
and (4) natural occurring fluorophores such as flavin and chloro-
phyll. Every fluorophore has its own advantages and disadvantages.
To determine which fluorophore to use for a certain experiment
one has to look at the different fluorophore characteristics. Besides
the fluorescence quantum yield and the molecular extinction coef-
ficient, which were already described above, several other character-
istics should be considered. Fluorophore excitation and emission
wavelengths are the most important and determine the choice of
the excitation source and filters. Not all colors are equally apt for
single-molecule measurements. Wavelengths below ~450 nm are
generally speaking problematic since detectors can be relatively
insensitive, microscope optics are often not optimized in this
range of the spectrum, and these colors often result in high back-
ground signals due to impurities in glass or sample. Another key
fluorophore characteristic is the rate of photobleaching. In general,
a fluorophore does not survive infinite absorption/emission cycles.
In many cases, there is a certain probability that an absorption/
emission cycle leads to an irreversible modification of the fluoro-
phore, resulting in an abrupt loss of its ability to fluoresce called
photobleaching. The propensity of a fluorophore to photobleach is
expressed in the average number of photons a fluorophore can
emit. Photostable synthetic dyes, such as Cy3 and Cy5 can emit
10°-10° photons before photobleaching [19], QDs are orders of
magnitude more photostable. Fluorescent proteins such as eGFP
are usually slightly less stable than their optimized, synthetic
equivalents [20]. Photobleaching is a probability process; in general
the rate of bleaching decreases linearly with decreasing excitation
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2.3 Fluorophores
Used

for Single-Molecule
Research

intensity. An important cause of photobleaching is molecular oxy-
gen, which can react with the fluorophore’s triplet to form singlet
oxygen. Singlet oxygen in turn is very reactive and can readily react
with the fluorophore or surrounding molecules [14]. Adding an
oxygen scavenger system (a mixture of glucose, glucose oxydase
and catalase is often used) to the sample decreases the concentra-
tion of molecular oxygen and can help to increase the lifetime of the
fluorophores. Addition of antioxidants like Trolox™ or ascorbic acid
can have additional effect. Other problems with fluorophore
photostability include triplet blinking, which can be a problem
when the triplet lifetime is rather long (>ms). Certain fluorophores
show different on-oft blinking behavior, for example, fluorescent
proteins are known to undergo cis-trans isomerization and intra-
molecular proton transfer, both resulting in long-lived dark states
[20]. Another example is the photoblinking of QDs, which is
caused by ejection of electrons from the semiconductor core [21].
Considering all the fluorophore characteristics mentioned above
the ideal single-molecule fluorophore (1) has high fluorescence
quantum yield and molecular extinction coefficient, (2) has well
defined excitation and emission wavelengths, (3) shows steady
emission intensity [22], (4) can be followed for a long time using
high illumination intensity, (5) does not affect the natural behavior
of the single molecule, (6) shows no blinking behavior, (7) can be
easily attached to the molecule of interest, (8) is soluble in buffers
used [23], (9) and its characteristics are well described.

Next, we take a closer look at the different classes of fluorescent
labels and compare and discuss some of their characteristics impor-
tant for single-molecule research (Fig. 2). (1) Synthetic dyes have
been around for decades, are commercially available and con-
structed to suit the means of use. They are constructed in a way
that they contain different reactive groups such as maleimides or
succynimidyl esters, which can be used for attachment of the label
to a protein or biomolecule of interest. Succynimidyl esters react
with free amino groups, which are available in large quantities on
the surface of most proteins. Maleimides or other sulthydryl reac-
tive probes can be used for more specific labeling of cystein resi-
dues, which are generally less abundant. Because synthetic dyes
have been around for a long time, their characteristics have been
optimized and labeling protocols are widely available. Their small
size (~0.5 nm) minimizes the chance of causing steric hindrance to
the labeled molecule. Cyanine and rhodamine dyes (Fig. 2a) are
most often used for in vitro single-molecule research, in particular
Cy3, Cyb, Alexa555 of the cyanine family and Rhodamine 6G and
Texas Red of the rhodamine family [22]. (2) QDs are very bright
fluorophores with a very wide range of absorption wavelengths,
narrow (about 10 nm) and symmetric emission bands and quantum
yields close to 90% (Fig. 2¢) [24, 25]. QDs in general consist of a
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Fig. 2 Structure, size and spectra of different fluorescent probes used in single-molecule fluorescence
microscopy. (a) Chemical structure and absorption/emission spectrum of the synthetic dye rhodamine 6G
(R6G). (b) Structure (Protein Databank entry 1S6Z [71]) and absorption/emission spectrum of enhanced Green
Fluorescent Protein (eGFP). (c) Schematic representation of a functionalized QD consisting of a core and
different shells and corresponding absorption/emission spectrum

CdSe, CdTe, InP or InAs core, and a ZnS shell. Their size, shape,
and structure can be controlled precisely, in order to tune the
emission from visible to infrared wavelengths [26, 27]. For
biological applications, QDs are normally coated to make them
hydrophylic or prepare them for specific attachment to the biomol-
ecule of interest [28]. Compared to organic dyes, QDs are brighter
(molecular extinction coefficients between 10°~10° L/mol/cm).
They are also more photostable and therefore can be followed
longer and their position can be determined with higher accuracy
[23]. However, their size varies between 6—60 nm (with coating),
which is relatively large in comparison to organic dyes (~0.5 nm).
In addition, as mentioned above, they can suffer from on/off
blinking on a wide range of time scales [21]. (3) Green fluorescent
protein (GFP, Fig. 2b) is an autofluorescent protein from the
jellyfish Aequorea victoria, which is very well suited for (but not
restricted to) in vivo applications. A key advantage of GFP is that
the protein is genetically encoded, does not require a cofactor and
that every protein copy can be labeled by fusing its gene with that of
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GFP [29]. Another advantage is that they are less sensitive to their
surroundings than many synthetic dyes [ 30]. Disadvantages of GFP
are that it is rather large (27 kDa, ~4 nm in diameter), its emission
shows blinking behavior and its photostability is substantially less
than good synthetic dyes [20]. By now, many different variants
with different colors, optimized for different organisms have been
developed on basis of the Aeguorea victoria protein and related
proteins in other organisms [31, 32]. Also photoactivatable and
photoswitchable versions of fluorescent proteins exist, which are
very well suited for single-molecule localization-based super-reso-
lution methods [33]. (4) Biological materials also contain naturally
occurring fluorescent molecules. Many of these (such as tryptophan
and NADH), which are widely used in bulk fluorescence measure-
ments, are not photostable enough and absorb and emit too far in
the ultraviolet to allow single-molecule detection. Protein cofactors
such as chlorophyll and flavin can be very fluorescent and have been
used for in vitro applications [ 34, 35]. Their occurrence is however
limited to a small subset of proteins, which hinders general
application.

3 Methods

3.1 Microscopic
Detection of Single
Fluorophores

3.1.1 Light Sources

Single fluorescently labeled particles can be detected using a fluo-
rescence microscope. The main components of such a microscope
are an illumination source for excitation of the fluorophores, filters
to extract light of wanted colors and suppress unwanted light, an
objective to direct the excitation light and efficiently collect the
emission light, and a detector. Since much of the emitted light is
lost in the detection pathway and the total number of photons that
a fluorophore can emit is restricted due to photobleaching, it is
imperative in single-molecule fluorescence studies to use optimal
components in each part of the instrument. In the next section we
will discuss the different parts of a fluorescence microscope in more
detail.

To maximize the signal obtained from a single fluorophore, it is
essential to excite it with a wavelength close to its absorption
maximum. In bulk fluorescence microscopy often broad-band
sources such as metal halide or mercury arc lamps are used [36].
A key advantage of these sources is that they are broad-band and
contain several intense spectral lines. This allows them to be used to
excite spectrally distinct fluorophores, with the proper excitation
filters to suppress unwanted lamp light. Relatively new on the
market are LED sources, which are more monochromatic than
lamps (spectra with a width of several tens of nanometers). LEDs
are much more energy efficient and thus produce less heat. In
single-molecule applications, in most cases, lasers are used for
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fluorescence excitation since they emit monochromatic and colli-
mated light, allowing better separation of excitation from fluores-
cence light and a more straightforward construction of complex
optical paths using mirrors, lenses, filters, polarizers etc. In addi-
tion, collimated laser beams can be focused to diffraction limited
spots (see below), which is indispensable for confocal fluorescence
microscopy. Apart from cost, there are two key disadvantages of
lasers. (1) Laser beams are Gaussian and this can result in uneven
excitation intensity profiles. (2) Lasers are in many cases monochro-
matic meaning that for each spectrally distinct fluorophore an
additional laser needs to be purchased and installed.

Optical filters are used to separate fluorescence light from scattered
excitation light and other background signals. On basis of their
transmission spectra two classes of filters can be discerned: edge
filters and band-pass filters. Edge filters transmit light above (long-
pass) or below (short-pass) a specific wavelength, and block the
other light. Band-pass filters transmit only a narrow range of wave-
lengths and block wavelengths on either side of this range. The
performance of the filters depends on three aspects: the percentage
of transmission of the desired light, the optical density in the
blocked region of the spectrum and the steepness of the edges
between the transmitted and blocked regions [15]. In the past,
filters were based on stained glass, which often suffered from con-
siderable autofluorescence. Later, thin film interference filters, con-
sisting of repetitive, thin layers evaporated on a surface were
developed with substantially better performance and flexibility.
Recently, new technologies to make precise thin layers based on
ion-beam sputtering have further improved filter performance.
Nowadays, filters are available that are designed for simultaneous
excitation and/or detection of several, spectrally distinct
fluorophores.

A typical fluorescence microscope consists of three optical fil-
ters. (1) The excitation filter that selects one line or band from
excitation source to illuminate the sample (in many cases use of an
excitation filter is not required when using lasers). (2) A dichroic
beam-splitting mirror that reflects excitation light in the direction
of the objective, but transmits fluorescence light collected by the
objective. (3) The emission filter that is used to select for an
emission band and block any residual excitation light. In principle,
for each light source and dye combination a separate combination
of these filters needs to be used.

In single-molecule fluorescence methods the number of photons
emitted is very limited, which makes it key to use a detector with a
high quantum efficiency and low noise. Broadly speaking, two
distinct classes of detectors can be used, depending on the imaging
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3.1.4  Microscope
Objectives

modality (see below) [15, 37]. (1) Point detectors, such as ava-
lanche photodiodes (APD) and photomultipliers, which do not
provide position information but are capable of counting single
photons with high time resolution. APDs have high quantum
efficiency, but a small active area, which makes alignment tedious.
Photomultipliers usually have a lower quantum efficiency and worse
dark noise characteristics, but a larger active area. For single-
molecule applications, photomultipliers are usually only used in
the blue part of the spectrum, where APDs perform poorly. In
general, point detectors are used in confocal instruments or when
time resolution is important. Key applications are in burst analysis
of diffusing molecules for example in fluorescence correlation spec-
troscopy (FCS) [38, 39] or in FCS-like experiments [40]. (2) Array
detectors, such as Charged Coupled Devices (CCD) are the most
widely used detectors in wide-field fluorescence microscopy. CCD
detectors are two-dimensional array detectors that can be read out
in one of three ways: full frame, frame transfer or interline transfer.
The latter two are fast and allow for continuous detection. Limita-
tions of CCD detectors are read-out noise due to analog-to-digital
conversion (a problem solved in modern electron multiplying
CCDs) and the relatively slow speed: an entire frame is integrated
and read out. For single-molecule detection frame rates up to
~100 s™' can be reached. Key advantages are the almost unity
quantum efficiency (in the visible spectrum) and the very low dark
currents. These detectors are, therefore, optimally suited in condi-
tions when acquisition times of down to ~10 ms are sufficient [41].
In the last couple of years, a new kind of camera technology has
been introduced, the scientific CMOS (complementary-metal-
oxide semiconductor) [18]. In an sSCMOS camera detector array,
amplifiers and analogue-to-digital converters are integrated in one
chip, which allows reading out of individual pixels. Current state-
of-the-art sCMOS camera (Andor Zyla 4.2 or Hamamatsu ORCA-
Flash4.0) contain 2048 x 2048 pixels, have a quantum efficiency
exceeding 80% and can read out 100 full frames per second, with
less than an electron read noise. Very recently, Photometrics has
introduced 95% quantum efficiency sCMOS camera (Prime 95B).
The key benefit of sSCMOS cameras is that they allow acquisition
with a larger field of view at higher acquisition rates than CCD
cameras.

The key optical element in a fluorescence microscope is the objec-
tive. The objective concentrates the excitation light in the sample
and collects the emitted light. In principle, an objective is nothing
more than a strong lens, but in order to fulfill its tasks it needs to be
highly corrected for optical aberrations, which can only be achieved
by complex designs involving multiple optical elements. Important
properties with respect to single-molecule experiments are the
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magnification, which determines the size of the field of view and the
number of pixels over which a single fluorescent particle is imaged
and the numerical aperture (NA), which is a measure of the angle
over which photons can be detected, defined as [36]:

NA = 7 sin G- (4)

With # is the refractive index of the medium between the
sample and the objective, and 0,,,,, is the maximum half-angle of
the collection cone of the objective. A fluorophore emits light in all
directions and to maximize the collected light the NA of the
objective should be as high as possible. This may be achieved by
using an objective designed to be immersed in a high-# medium
[15,42]. Furthermore, the NA is not only important for collection
efficiency, but it also determines the resolution of the optical sys-
tem, as will be discussed in the next section.

A fluorescent molecule is much smaller than the wavelength of
visible light and after excitation the molecule emits photons in
random direction. Using a single microscope objective it is impos-
sible to collect light emitted in all directions and consequently only
a fraction of the emitted photons can be collected. The circular
apertures of the microscope optics (in particular the objective) will
result in diffraction of the transmitted light, which causes the
fluorescent particle not being imaged as an infinitely small point,
but as an Airy disc, with a finite width and side lobes. A three-
dimensional representation of this diffraction pattern is referred to
as the point spread function (PSF). The diameter (4) of the PSF
only depends on the NA of the objective and the wavelength of the
light (1) [36]:

1.224
TO2NA (5)

The width of the PSF is also a measure of the resolution of the
optical system: when the distance between two closely spaced point
sources is less than 4, the images of the sources overlap and their
peaks cannot be resolved. This definition of the resolution is called

the Rayleigh criterion [36]. For a typical fluorescence microscope
(NA =14, 2 =505 nm (eGFP)), the resolution is ~220 nm.

In confocal fluorescence microscopy the sample is illuminated with
a diffraction limited spot and an image is acquired by moving this
spot over the sample (Fig. 3a). To this end, a collimated laser beam
is coupled in the microscope objective, resulting in a tightly focused
spot with a diameter of typically 200-300 nm, ruled by the same
effects of diffraction as discussed above. The fluorescence resulting
in the focus is collected by the objective, separated from the excita-
tion beam by a dichroic mirror and further spectrally filtered by an
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Fig. 3 Schematic representation of the three most common microscope-designs used in single-molecule
fluorescence microscopy. (a) Confocal setup. (b) Epi-wide field setup. (¢) TIRF-wide field setup. A zoom of the
excitation path, the laser is coupled off-axis into the objective. The laser is reflected on the glass—water
interface and creates an exponentially decaying evanescent wave in the sample. Ex excitation source, L lens,
0 objective, E emission filter, D dichroic mirror, A confocal aperture)

3.2.2 Wide-Field
Epi-fluorescence
Microscopy

emission filter. In addition, the fluorescence light is spatially filtered
with a pinhole before being detected with a point detector (APD or
photomultiplier). The pinhole increases spatial resolution, but its
key purpose is to suppress out-of-focus background signal, allowing
optical sectioning. To create an image, scanning of the beam (using
e.g. galvanic mirrors) or the sample (using a piezo stage) is
required. In single-molecule experiments, excitation intensities
need to be reduced to avoid saturation or limit photobleaching,
resulting in rather long image acquisition times. Consequently, the
most important single-molecule application of confocal microscopy
is to study molecules freely diffusing in and out the confocal spot,
for example using FCS.

In wide-field epi-fluorescence microscopy, the excitation beam is
not tightly focused to a diffraction-limited spot in the sample plane,
but illuminates a substantially larger area (Fig. 3b). The fluores-
cence arising from this illuminated area can be detected with an
array detector such as a CCD camera. Uniform illumination
throughout the sample can be obtained by focusing the excitation
beam in the back-focal plane of the objective. In case of a laser this
results in a collimated, Gaussian-shaped beam illuminating the
sample. Filters and dichroic mirrors are applied in exactly the
same way as confocal fluorescence microscopy. Single-molecule
wide-field fluorescence microscopy is particularly useful when
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molecules are moving in the sample or when a time resolution of
~100 Hz is sufficient. As discussed above, modern CCD and
sCMOS cameras are superior with respect to dark noise and quan-
tum efficiency, compared to point detectors used in confocal
microscopy. In addition, wide-field fluorescence microscopes are
optically simpler and often require less frequent and precise align-
ment [15].

As discussed above, wide-field approaches have, in certain cases,
advantages over confocal approaches, at the cost of time resolution
and worse suppression of out-of-focus background fluorescence
than in confocal microscopy. This latter problem is addressed in
TIRF microscopy, in which the evanescent wave resulting from a
totally internally reflected laser beam is used for fluorescent excita-
tion. The evanescent wave, generated by reflection on a glass—water
interface, penetrates into the medium with lower refractive index
(the water) and its intensity I drops exponentially with distance (z)
into the low-index medium [43]:

I(z) = Ip - exp(—z/d), (6)

with I, the intensity at the surface and 4 the decay constant. The
decay constant of the intensity of the evanescent wave is on the
order of 100 nm, depending on the angle of incidence and the
refractive indices of glass and medium. To obtain total reflection
and generate an evanescent wave, the angle of incidence of the laser
beam impinging on the glass—water interface needs to be larger
than the critical angle (8,):

0. = arcsin(ny /n,), (7)

where 7; and %, are the refractive indexes of water and glass
respectively. At the glass—water interface the internal reflection is
achieved at an . of 61°. These high angles of incidence are usually
obtained in one of two ways: (1) by using a prism, coupled to the
coverslip on the side of the sample opposite to the objective. (2) By
using an ultra-high NA objective (>1.45) and coupling in the laser
beam off axis, on the edge of the entrance pupil [44 ] (Fig. 3¢). The
key advantage of TIRF microscopy is that only fluorophores close
to the interface will be excited and fluorophores deeper in the
sample will not, resulting in a reduced background. Disadvantages
of TIRF microscopy are that the excitation intensity strongly
depends on the depth in the sample, making comparison of fluo-
rescence intensities difficult and that the polarization of the evanes-
cent wave is complex.

A different imaging modality that has recently received a lot of
attention is SPIM or light-sheet fluorescence microscopy [45]. In
SPIM, the detection branch is essentially identical to that of a wide-
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field fluorescence microscope. Excitation light, however, is
provided by another objective, perpendicular to the detection
objective. By using a weakly focusing excitation objective, a thin
(on the order of one to several micrometers) sheet of excitation
light is created, only illuminating the sample very close to the focal
plane of the detection objective [46]. Because of limited space to
arrange two perpendicular objectives, often water-dipping objec-
tives are used with lower NA than would be desired for single-
molecule applications. These instruments have found wide-spread
application in studies of larger, living objects, such as developing
embryos embedded in an agarose gel [47]. The key advantage of
SPIM in these applications is that the light-dose is minimal, allow-
ing long-term imaging without photo damage. Several implemen-
tations of SPIM employing higher-NA objectives have made single-
molecule experiments possible, albeit using open sample chambers
[48], or complex sample-cell designs implementing micro mirrors
[49, 50]. It is very likely that SPIM techniques will find further
application in the single-molecule fluorescence field, in particular
inside living cells and organisms.

4 Measurables

4.1 Gounting

the Number

of Fluorescent
Molecules Within

a Diffraction-Limited
Spot

So when an instrument is built and a sample prepared, how does
one know one is looking at a single molecule? Observation of a
single diffraction-limited spot is not enough: the Rayleigh criterion
tells us that when particles are too close they cannot be resolved and
will be imaged as a single spot. The most straightforward signature
of fluorescence arising from a single fluorophore is step-wise photo-
bleaching: the intensity is for a while rather constant, until photo-
bleaching occurs and the signal abruptly drops to the background
level. Another signature is the intensity, which should be constant
from molecule to molecule, however orientation or polarization
effects can substantially modulate fluorescence intensity (see
below). If the intensity of a fluorescent spot is due to more than
one fluorophore, the number of fluorophores can be determined in
two ways. (1) By comparing the fluorescence intensity of the spot to
the average value of single fluorophores (Fig. 4a). To correct for
possible bleaching within the first frame the intensity at = 0 can be
extrapolated by fitting an exponential decay to the fluorescence
intensity profile over time [51]. (2) One can also determine the
number of fluorophores by counting the number of bleaching
steps. This approach has for example been used to determine the
number of Aselp dimers incorporated in multimers bound to
microtubules [52]. On the other hand, at conditions when photo-
bleaching is negligible the changes in numbers of molecules due to
association or dissociation can be measured. This approach has
been used to determine the number of Rad51 monomers disassem-
bling from DNA in a single burst [53].
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Fig. 4 Measurable parameters in single-molecule fluorescence microscopy. (@) The number of fluorophores
within a fluorescent spot, even though they are not resolvable, can be deduced from the intensity of that spot.
(b) Localization of single fluorophores. The fluorophores are imaged as Airy disks, which can be approximated
with a 2D Gaussian. The limit in which two neighboring fluorophores can still be resolved is described by
Rayleigh criterion. (¢) Colocalization is achieved by using labels with different colors. By imaging both color
channels simultaneously on a CCD camera the precise localization of both fluorophores can be determined. (d)
FRET reports on the distance between two spectrally distinct dyes, and can be used to study for example intra-
molecular conformational changes. When the distance between the dyes is in the order of tens of A
(20 A<r<90 i\), the energy can get transferred from the donor (D) to the acceptor (A) causing an increase
in acceptor signal. When the distance between the dyes is large (r > 90 A) no energy transfer occurs and the
acceptor signal will be low. (e) Fluorescence polarization reports on orientation or orientational dynamics.
Circularly polarized light can be used to excite dyes in all orientations. Subsequently, the emitted light is
filtered for a specific polarization

4.2 Localization We have seen above that the resolution of a fluorescence micro-
of Single Molecule scope is limited by diffraction, to about half the wavelength of the
emitted light. The resolution is a measure for how close two point
sources can be to be still resolvable (Fig. 4b), it does not restrict the
accuracy with which the location of a single point source can be
determined. By fitting the resulting image with the PSF (often an
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4.3 Detection
of Motion of Single
Molecules

approximation with a Gaussian is sufficient), the location of the
maximum of the image can be determined with far greater accuracy
than the width of the PSF. This method is frequently used in single
particle tracking (SPT) [41, 54]. Given the noise encountered in
most single-molecule experiments a PSF of the microscope with a
full width at half maximum of ~1.5-2 pixel yields best results for the
accuracy [55]. The uncertainty in the localization of a point source
(Ax) depends on the size of the pixels (a), the number of photons
(N), the background noise (&), the standard deviation of the point
spread function (s) [55, 56]:

N N + a2 N?

<(Ax)2> _ 52 n (ﬂ2/12) 8rsti? (8)

The first term represents the photon counting noise (s°/N), the
second term represents pixelation noise arising from the uncer-
tainty of where in the pixel the photon arrived (#?/12N). The
final term is due to background noise. Under typical single-
molecule fluorescence conditions, position accuracies down to
about 2 nm can be achieved [56].

Given this high localization accuracy, the positions of an emitting
fluorophore can be determined in each image from a time stack of
images and subsequently a trajectory can be reconstructed by con-
necting the positions. Using this approach, the motion of single-
molecules can be accurately determined. Care has to be taken that
the motion of the molecules is not too large within the acquisition
time of an image, since this can smear out the Gaussian intensity
profile, complicating fitting. This problem can be avoided by using
short acquisition times and increasing the excitation intensity, at the
cost of enhanced photobleaching. It is important in single-molecule
tracking to find the proper balance between movement of a particle
within the acquisition time, and the total number of time points
(frames) over which the particle is observed [57]. Motion of biomo-
lecules can be directional (for example driven by motor proteins) or
diffusive (like membrane proteins). To analyze the precise nature of
mobility, often the mean square displacement (MSD) is calculated as
a function of time. Motion with constant speed (and direction) leads
to an MSD that increases with the square of time, while diffusive
motion results in a linear increase of the MSD with time. The
localization uncertainty leads to a constant offset in the MSD, due
to its time-independence [41, 58]. The MSD analysis was for exam-
ple used to show that, depending on the exact conditions, the motor
protein kinesin-5 can switch between different modes of motility;
diffusion and directed motion [59].
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As discussed in the previous paragraphs, the localization of a single
fluorescent molecule can be determined with a substantially higher
accuracy than the optical resolution of the microscope. This trait
has been used to overcome the diffraction-limited resolution of an
optical microscope (in the order of half the wavelength of the light
used) in single-molecule localization super-resolution methods
such as PALM [60] and STORM [61]. In these methods, many
consecutive images of a sample are taken. The trick is that using
photo activation of specific fluorophores [60, 61 ] or using chemical
switching of the fluorescence [62], during a single image only a
limited number of single fluorophores is active and recorded. The
location of these single molecules can be determined as indicated
above with a higher accuracy than the optical resolution. The
localizations of many of such single molecules obtained after
many cycles of photo activation, imaging and photo bleaching can
be combined in a single reconstituted image with a substantially
higher resolution (tens of nanometers) than the diffraction limit.
The resolution depends both on the density of fluorophores and
the localization accuracy achieved.

One of the key interests in (cell) biology is to resolve which proteins
interact and how. To this end, proteins of interest can be labeled
with differently colored fluorophores [63-65] . Subsequently the
different dyes can be excited by the appropriate lasers and the
fluorescence signal can be separated in two or more wavelength
channels and detected independently using different cameras or
side-by-side on one. In this way, different biomolecules can be
tracked simultaneously and their motion can be correlated to
resolve whether they move independently or interact (part of the
time) (Fig. 4c). High-resolution colocalization was applied to show
myosin V’s alternating heads while it walked hand-over-hand along
an actin filament, for example [65].

Positions and distances of single fluorophores can be determined
with an accuracy that is substantially smaller than the diffraction
limit using PSF fitting (see above). This approach is very powerful,
but has its limitations, in particular in its poor time resolution and
its inability to resolve multiple molecules that are closer than the
optical resolution, without photobleaching them. An excellent
method to measure relative distances and changes on a length
scale of ~2-9 nm is FRET (Fig. 4d). In FRET two spectrally distinct
fluorophores are used. One, with the highest energy excited state, is
excited and serves as donor, the other as acceptor. When the two
fluorophores are close and their dipoles oriented favorably, dipole-
dipole coupling can occur and excitations can be transferred from
donor to acceptor. The distance dependency of the FRET efficiency
(E) is:
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With R the distance between donor and acceptor and Ry the
Forster distance. The Forster distance is defined as the distance at
which half the fluorescence of the donor is transferred to the
acceptor. The Forster distance depends on the overlap of the emis-
sion spectrum of the donor with the absorption spectrum of the
acceptor, the relative orientation of donor and acceptor dipole
moments and the fluorescence quantum vyield of the donor. It has
a typical value of about 5 nm [5]. FRET has proven to be a valuable
tool to study conformational dynamics in nucleic acids and pro-
teins. Examples are the folding of ribozymes [66] and the observa-
tion of conformational dynamics in kinesin-1 [67, 68].

4.7 Fluorescence Another way to measure conformational dynamics of single bio-

Polarization molecules is to use the polarization of the fluorescence signal.
Absorption and emission are governed by the interaction of the
absorption and emission transition dipole moments of the chromo-
phore, which are vectors, with the electric component of the elec-
tromagnetic light field, also a vector. Using polarized light for
excitation and /or a polarizer in the emission path allows obtaining
the orientation and dynamics of the transition dipole moment. Care
needs to be taken that the fluorophore is not free to rotate with
respect to the biomolecule of interest, but that its orientation is
tightly linked to that of the biomolecule. This can be achieved by
using bisfunctional fluorophores that are connected with two
chemical links to the protein or nucleic acid of interest [69]. One
way of determining dipole orientations on the single-molecule level
is to excite with circularly polarized light and to split the resulting
fluorescence in two perpendicular linearly polarized signals,
detected with two APDs or side-by-side on a CCD chip (Fig. 4e).
Another way is to detect without polarizers, but to use alternating
(linear) polarization of the excitation light. If one combines polar-
ized excitation with polarized detection, a separation can be
obtained of the depolarization due to rapid fluorophore orientation
(on the nanosecond scale) and much slower conformational
changes. Polarization methods have for example been applied to
study the conformational changes occurring during stepping of the
kinesin-1 motor protein [70].

5 Concluding Remarks

Here we have provided a short and broad overview of the wealth of
single-molecule fluorescence approaches and their backgrounds.
These tools have become indispensable in the study of diverse
processes such as the active and diffusive motion of biomolecules,
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their conformational changes, and their assembly and disassembly.
In the following Chapters 6 till 10, several approaches will be
discussed in more depth, including detailed protocols.
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Fluorescent Labeling of Proteins

Mauro Modesti

Abstract

Chapter 6

Many single-molecule experimental techniques exploit fluorescence as a tool to investigate conformational
dynamics, molecular interactions, or track the movement of proteins in order to gain insight into their
biological functions. A prerequisite to these experimental approaches is to graft one or more fluorophores
on the protein of interest with the desired photophysical properties. Here, we describe procedures for
efficient methods used to covalently attach fluorophores to proteins. Alternative direct and indirect labeling

strategies are also described.

Key words Fluorescent protein labeling, Cys light, Lys light, Fluorescent tagging

1 Introduction

The design of fluorescence-based single-molecule experiments
requires choosing an optimal fluorophore as marker to monitor a
particular protein activity. Tryptophan intrinsic fluorescence emis-
sion can be very useful to study the folding, conformational dynam-
ics, and interactions of a protein. However, since quartz optics are
required, complicated photophysical properties and many proteins
lack tryptophan residues, the choice of tryptophan as a fluorophore
is often unpractical for single-molecule experimental techniques.
Thus, attaching an “extrinsic” fluorophore moiety to the protein of
interest is the most frequent route used to make the protein glow.
One approach commonly used for in vivo experiments is to gener-
ate a chimer of the protein of interest by fusion to an intrinsically
fluorescent protein that fluoresces in the visible /near infrared range
of the electromagnetic spectrum. Collections of intrinsically fluo-
rescent proteins exist, such as the jellyfish green fluorescent protein
(GFP) and its variants that can be attached by genetic engineering
to either the amino or the carboxyl terminus of a protein or even
inserted in frame internally to the protein [1]. These protein-based
fluorophores are very useful for in vitro experiments as well but they
are relatively bulky and can perturb the original protein function. In
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addition, their photophysical properties are complex and influ-
enced by pH, ionic strength, or any factors affecting protein fold-
ing. Instead of fusing such an intrinsic fluorescent protein, small
synthetic fluorescent organic compounds can covalently be
attached to the protein of interest. A large number of small fluor-
ophores including the ATTO dyes, the CF dyes, the cyanine dyes,
the HiLyte Fluors, the Alexa Fluors, or the DyLight Fluors have
been developed and are commercially available. These small, photo-
stable and bright fluorophores are generally much less sensitive to
buffer conditions as compared to intrinsically fluorescent proteins.
Moreover, the chemical and photophysical properties of these small
fluorophores are usually well defined, which allows selection of the
dye with the most optimal properties for a given single-molecule
application. In a fluorescence correlation spectroscopy experiment,
for example, a dye with high quantum yield and weak nonspecific
binding to the protein of interest, resistant to irreversible photo-
bleaching and to triplet state excitation can be optimally selected.
Or, if the application requires detection and visualization of a single
fluorophore, one would want to select a dye with reduced blinking
behavior.

Most of these chemical dyes can be purchased in a “functiona-
lized” form with a reactive group for specific covalent attachment to
proteins on, for instance, the -SH group of cysteine residues or the -
NH, group of lysine residues. In this chapter, we describe proce-
dures for labeling proteins with such functionalized fluorophores,
as well as alternative procedures. The presentation of these proto-
cols is intended to guide researchers in biophysics that do not have
much experience with protein handling. Each method will be illu-
strated with an example from our laboratory, not only to show to
the reader how results should look like but also to highlight com-
monly encountered problems and drawbacks when using these
procedures.

2 Materials

2.1 Buffers
and Solutions

0.5 M MES-NaOH pH 6.2.

0.5 M MOPS-NaOH pH 7.0.

1 M Tris-HCI pH 7.5; 1 M Tris-HCI pH 8.0.

1 M HEPES-NaOH pH 8.2.

2 M Imidazole-HCI pH 7.5, stored at dark at +4 °C.
0.5 M EDTA-NaOH pH 8.0.

IPTG dissolved in water at 1 M and stored at —20 °C.
1 M DTT freshly prepared as a solution in water.

5 M NaCl.
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3 M KCL.

Anhydrous DMSO, stored at +4 °C in a desiccator.

Glycerol.

SDS 20% (w/v).

B-mercaptoethanol.

Coomassie Brilliant Blue R-250.

Ampicillin sodium salt, solution at 100 mg/ml in water, store
at —20 °C.

Chloramphenicol, solution made at 34 mg/ml in ethanol,
store at —20 °C.

Storage buffer A: 0.3 M KCl, 20 mM Tris-HCI pH 8§, 1 mM
DTT, 0.5 mM EDTA and 10% glycerol.

Labeling bufter A: 0.5 M NaCl, 50 mM MOPS-NaOH pH 7,
0.5 mM EDTA and 10% glycerol.

Storage buffer B: 0.5 M KCl, 20 mM Tris-HCI pH 8, 1 mM
DTT, 0.5 mM EDTA and 10% glycerol.

Labeling buffer B: 0.5 M NaCl, 50 mM HEPES-NaOH pH
8.2, 0.5 mM EDTA and 10% glycerol.

Labeling buffer C: 1 M NaCl, 50 mM MOPS-NaOH pH 7,
0.5 mM EDTA and 10% glycerol.

PBS: 137 mM NaCl; 2.7 mM KCl; 4.3 mM Na,HPOy;
1.47 mM KH,POy. Adjust to pH 7.4 with NaOH.

2x lysis buffer: 1 M NaCl, 40 mM Tris-HCl pH 7.5, 4 mM p-
mercaptoethanol, 10 mM imidazole pH 8 and 20% glycerol.

Buffer R: 50 mM KCl, 20 mM Tris-HCI pH 7.5, 1 mM DTT,
0.5 mM EDTA and 10% glycerol.

Protein sample buffer: 2% w/v SDS, 62.5 mM Tris-HCl pH
6.8, 25% Glycerol, 0.01% w/v bromophenol blue, 0.72 M -
mercaptoethanol.

Staining solution: 10% ethanol, 7% acetic acid and 1 g/1 Coo-
massie Brilliant Blue R-250.

Destaining solution: 10% ethanol, 7% acetic acid.

Alexa Fluor dyes (Invitrogen), ATTO dyes (Sigma-Aldrich) are
dissolved in anhydrous DMSO and used immediately.

1.

Precast NuPAGE Bis-Tris Gels with MOPS running buffer
(Invitrogen).

Prestained Precision Plus Protein Standards (BIO-RAD).

Econo-Pac 10DG columns (BIO-RAD).

PD SpinTrap G-25, HisTrap FF, HiTrap Q HP, and HiTrap
Heparin HP columns (GE Healthcare).
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2.5 Media
and Bacterial
Expression

Rosetta/pLysS cells (Novagen) were used as host for inducible
expression of hRPA-eGFP. Cells were grown in LB broth (bacto-
tryptone 10 g/1, yeast extract 5 g/1, NaCl 10 g/1) supplemented
with antibiotics as indicated.

3 Methods

3.1 The Cys Light
Method: Labeling
of the hHOP2-MND1
Protein Gomplex

The “Cys light” and “Lys light” methods for covalent attachment
of small organic fluorophores to proteins will be described. Alter-
native labeling procedures will be presented that can be used in case
the latter two methods fail to yield suitable reagents. Each method
will be illustrated with an example from our laboratory, highlight-
ing commonly encountered problems when using these methods.
We will describe means to analyze the extent and the specificity of
the labeling reaction. Importantly, whatever the labeling method
used, it is essential to verify that the original activity of the protein
has not been altered by the labeling procedure.

The maleimide chemical group reacts with the -SH group (thiol) of
cysteine residues of proteins to form a covalent thioether bond (see
Note 1). Because of the high specificity and efficiency of this
reaction, the functionalization of organic fluorescent compounds
with a maleimide group has developed as the method of choice over
other -SH reactive groups such as iodoacetamide. A large selection
of organic fluorophores functionalized with a maleimide group is
available commercially. Below we present a modification of the
labeling method recommended by Molecular Probes but adapted
to the labeling of the hHOP2-hMNDI protein complex on cyste-
ine residues. The hHOP2 and hMNDI1 proteins form a heterodi-
meric complex [2]. Each protein contains three cysteine residues.
The lack of three-dimensional structural information does not
allow prediction of the surface exposed cysteine residues of the
complex. Since the focus of this chapter is on protein labeling
procedures and not purification methods, we will assume that the
researcher has access to a source of purified protein. For all proce-
dures, work on ice or in the cold as much as possible and avoid
exposure to light when handling fluorophores.

1. To ensure that surface exposed cysteines are in a reduced form
and reactive toward the maleimide group, freshly prepared
DTT (see Note 2) is added to a final concentration of 20 mM
to 3 ml of the protein solution at a concentration of 2 mg,/ml
in storage buffer A, and incubated on ice for 30 min.

2. After reduction, the protein sample is buffer exchanged (see
Note 3) into deoxygenated labeling buffer A (see Notes 4 and
5), and finally recovered into 4 ml.
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3. Alexa Fluor 488 C5 maleimide (or Alexa Fluor 546 C5 mal-
eimide) is dissolved in anhydrous DMSO (see Note 6) and
immediately added to the protein solution at fivefold molar
excess of dye over the protein (see Note 7). From this step on,
protect the sample from exposure to light as much as possible
using aluminum foil. The dye solution should be added rapidly
drop by drop while stirring the solution with a small magnetic
bar to avoid local concentration effects. The reaction mixture is
left to incubate at +4 °C for 2 h with stirring.

4. At the end of the reaction, DTT is added to 10 mM final
concentration and further incubated for 30 min to quench
the excess reactive dye.

5. The volume is brought up to 6 ml with labeling buffer A and
centrifuged at 20,000 x gin a Sorval SS34 rotor for 30 min to
remove aggregates (see Note 8). The sample is divided into two
aliquots of 3 ml and each aliquot is buffer exchanged into the
desired buffer using Econo-Pac 10DG columns to remove
excess dye (see Note 3). In this case we buffer exchange into
storage buffer A. The two aliquots are pooled giving 8 ml of
labeled protein solution that should be at around 0.7 mg/ml, if
no loss by aggregation has occurred. At this stage the sample
can be concentrated if desired (see Note 9), aliquoted and
stored at —80 °C after flash freezing in liquid nitrogen. Even
after passage on the Econo-Pac 10DG column, presence of free
dye is often observed. To remove the residual free dye, we
dialyze the protein samples (8 ml) prior to concentration for
4 h against 2 | of storage buffer A (see Note 10).

6. The extent of the labeling reaction was assessed by denaturing
and reducing SDS-PAGE analysis, using 20 pl of the prepara-
tion (see Note 11). As shown in Fig. 1 the labeling is apparently
complete since the mobility of both proteins after labeling is
retarded compared to the unlabeled control (se¢e Note 12). The
dye has been covalently attached to both hHOP2 and hMND1
subunits. The degree of labeling (DOL or dye-to-monomer
ratio) is estimated spectrophotometrically (see Note 13), giving
in this case DOLs of 4.5 and 4.3 for the Alexa Fluor 488 C5
maleimide and the Alexa Fluor 546 C5 maleimide labeling
reaction, respectively. This suggests that four of the possible
six Cys residues in the heterodimeric complex are exposed to
solvent. It can also be noticed that the fluorescent signal after
labeling is more intense for hMNDI than for hHOP2 (see
Fig. 1, bottom panel obtained by fluor imager scanning of
the gel before Coomassie staining). This difference in intensity
suggests that hMND1 has more cysteine residues exposed to
solvent than hHODP2 but further analysis by mass spectrometry
is required to prove this point.
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Fig. 1 Fluorescent labeling of the hHOP2-hMND1 complex by the Cys light
method. The hHOP2-hMND1 complex was labeled with Alexa Fluor 488
maleimide (A-488) or Alexa Fluor 546 maleimide (A-546) and compared to the
unlabeled preparation (U) by denaturing and reducing SDS-PAGE analysis.
M = protein size standards. After electrophoresis, the gel was first scanned
with a Fluor Imager FLA-5100 (Fujifilm) to detect emission of Alexa Fluor 488
(middle panel) or Alexa Fluor 546 (botfom panel). Next, the gel was stained with
Coomassie Brilliant Blue R-250 to reveal all proteins and visualized by bright field
illumination (fop panel)

7. This protocol is relatively large scale but the reactions can be
scaled down to 100 pl when optimizing reaction conditions
keeping the protein concentration at around 1-2 mg/ml. First
treat the protein sample with DTT as described in step 1. Then
buffer exchange the protein into labeling buffer A using a PD
SpinTrap G-25 column (see Note 14). Perform reaction series
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to optimize labeling conditions (label-to-protein ratio, time of
incubation, temperature of incubation, pH, buffer conditions
and ionic strength, we typically use NaCl or KCI). The reaction
is quenched by addition of DTT as in step 4. Ten microliter of
each reaction mixture can directly be analyzed by SDS-PAGE
analysis to verify covalent attachment of the dye. Excess free
dye will be visible in the running front of the gel. The reaction
that is most optimal can further be buffer exchanged into a
desired storage buffer using a PD SpinTrap G-25 column as
described above. In general, this small-scale preparation gives
enough reagent to perform pilot experiments in single-
molecule setups keeping in mind that free dye might still be
present in the preparation.

8. When using recombinant protein that contains a polyhistidine
tag the labeling reaction can be done on a 1 ml HisTrap FF.
Load 1-5 mg of protein on the column in a labeling buffer free
of DTT and EDTA and pH not lower than 7. As a general
practice keep all fractions for analysis by SDS-PAGE analysis if
required. Dilute the DMSO dye solution in 2 ml of labeling
buffer at the desired dye-to-protein ratio. Gently flush the dye
solution in the column and let incubate at the desired temper-
ature for the desired time. After the reaction, flush 10 ml of
labeling buffer to remove free dye. Elute the labeled protein
with labeling buffer A containing 250 mM imidazole pH 8.0
(adding 1 mM EDTA to the elution buftfer is fine but may strip
the nickel). First flush 1 ml of elution buffer on the column and
let sit for 15 min. Recover the protein by injecting 2 ml of
elution buffer. Discard the column, as it is best to avoid reusing
them to prevent contamination with different dyes. Dialyze
into the desired storage buffer containing 10% glycerol. Ali-
quot, flash-freeze in liquid nitrogen and store at —80 °C.

For many fluorescent single-molecule applications, it is advanta-
geous to obtain a preparation of a fluorescent variant of the protein
of interest in which every monomer is specifically labeled at a
selected surface position. The development of such a reagent is of
course more time consuming, but in the end, it will greatly help
interpretation and analysis of results. As an example, we describe
here how the Cys light method was used to specifically label a
protein at a specific surface position [3]. The human RAD51
recombinase monomer contains five cysteine residues of which
Cys31 and Cys319 are exposed to solvent according to structural
predictions. To obtain a homogeneous population of monomers
having a single and discrete label, each on the same position,
namely residue Cys31, we mutated Cys319 to Ser by site-directed
mutagenesis of the plasmid expression construct thereby removing
the -SH group at position 319. Labeling of the C319S hRAD51
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Fig. 2 Site-specific fluorescent labeling of hRAD51 by the Cys light method. (a) Preparations of the hRAD51
variant C319S were labeled with Alexa Fluor 488 maleimide (A-488) or Alexa Fluor 555 maleimide (A-555) and
compared to the unlabeled preparation (U) by denaturing and reducing SDS-PAGE analysis. M = protein size
standards. After electrophoresis, dye attachment was directly visualized by bright field illumination of the gels
(Before panels) or after Coomassie Brilliant Blue R-250 staining (After panels). (b) The degree and homoge-
neity of labeling was analyzed by MALDI-TOF of the full-length protein preparations (lower panels)

variant with Alexa Fluor 488 C5 maleimide or Alexa Fluor 555 C2
maleimide was performed as described in Subheading 3.1 (steps
1-6). DOL of 0.8 and 1.1 were measured respectively and has
shown in Fig. 2a, both labeling reactions went to completion as
judged by the retarded mobility of the labeled samples in the gels.
Mass spectrometry of the full-length labeled protein samples (see
Note 15) shows that the Alexa Fluor 488 C5 maleimide labeled
sample is homogeneous, containing mostly monomers with one
single dye covalently attached (Fig. 2b, left panel). In contrast,
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analysis of the Alexa Fluor 555 C2 maleimide labeled sample shows
that a substantial fraction of monomers have incorporated two dye
molecules (Fig. 2b, right panel). Thus different dyes with different
carbon arm linkers may have different specificities. The identifica-
tion of the residue(s) giving nonspecific labeling will require further
detailed mass spectrometry analysis after protease digestion.

The other popular chemistry used to covalently attach a fluoro-
phore to a protein are succinimidyl-ester or N-hydroxysuccinimidyl
(NHS)-ester conjugates, which are reactive towards amine groups
such as e-amino groups of lysines or the amine terminus of proteins,
forming a chemically stable amide bond (se¢ Note 1). Below we
describe the labeling of hSSB1 and hSSB2 proteins with modifica-
tions of the procedure recommended by ATTO-TEC (see Note 16)
[4]. Lysine residues are typically abundant in proteins and the
procedure can give very high DOLs.

1. The protein sample (3 ml) is supplied in storage buffer B at a
concentration of 2 mg/ml and buffered exchanged in labeling
buffer B using an Econo-Pac 10DG column and recovered in
4 ml. Maintaining the pH just above 8 will ensure that the
exposed e-amino groups are sufficiently deprotonated and thus
reactive towards the NHS ester and that the competing reac-
tion with hydroxyl ions is minimized.

2. Atto 488-NHS ester is dissolved in anhydrous DMSO and
added at twofold molar excess of dye over the protein (see
Notes 6 and 7). The dye solution should be added rapidly
drop by drop while stirring the solution with a small magnetic
bar to avoid local concentration effects. The reaction mixture is
left to incubate at +4 °C for 1 h or at room temperature for
30 min with stirring. We find that the reaction is quite fast and
that with some samples 5 min incubation at room temperature
is sufficient to label the protein to completion.

3. The reaction is quenched by addition of Tris-HCI pH 7.5 to
0.1 M and further incubated for 5 min.

4. The volume is brought up to 6 ml with labeling buffer and
centrifuged at 20,000 x g in a Sorval SS34 rotor to remove
aggregates. The sample is divided into two aliquots of 3 ml and
each aliquot is buffer exchanged into the desired buffer using
Econo-Pac 10DG columns to remove excess dye (see Note 3).
In this case we buffer exchange into storage buffer B. The two
aliquots are pooled giving 8 ml of labeled protein solution that
should be at around 0.7 mg/ml if no loss by aggregation has
occurred. At this stage the sample can be concentrated if
desired (see Note 9), aliquoted and stored at —80 °C after
flash freezing in liquid nitrogen. Even after passage on the
Econo-Pac 10DG column, some low level of free dye is often
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Fig. 3 Fluorescent labeling of hSSB1 and hSSB2 by the Lys light method.
Preparations of hSSB1 or hSSB2 were labeled with ATTO 488 NHS (A-488) and
compared to the unlabeled preparations (U) by denaturing and reducing SDS-
PAGE analysis. M = protein size standards. After electrophoresis, dye
attachment was visualized by U.V. light transillumination of the gel (bottom
panels) or after Coomassie Brilliant Blue R-250 staining (fop panels)

observed. To remove the residual free dye, we dialyze the
protein samples (8 ml) for 4 h against 2 | of storage buffer B
(see Note 10).

5. Figure 3 shows an assessment of the extent of the labeling
procedure by SDS-PAGE analysis. DOLs of 6 and 5 dyes per
monomer where measured for hSSB1 and hSSB2 respectively
(13 and 11 possible lysine residues for hSSB1 and hSSB2,
respectively). However, although we obtained very high
DOLs with this method, the labeled proteins were not able to
bind DNA as efficiently as the unlabeled protein. Further opti-
mization (lower dye-to-protein ratio, shorter time and lower
temperature of incubation) will be required to find labeling
conditions that will preserve the original activity of the pro-
teins. Alternatively, the Cys light method could be tried.

Because the N-terminal amine group of proteins has a pKa value
that is lower than 9, performing a labeling with a NHS-ester dye
conjugate at pH 7 or lower can in principle target the attachment
of the dye to the N-terminal amine group of proteins. At this pH,
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e-amino groups of solvent exposed lysines are expected to be fully
protonated and nonreactive towards NHS esters. Thus, applying
the Lys light method at low pH could in principle be a convenient
method to generate a preparation of a fluorescent variant of the
protein of interest in which every monomer is specifically labeled at
a specific surface position. We tried to apply this principle to the
labeling of the RecA protein. First, we produced a variant of RecA
with a cleavable N-terminal polyhistidine tag that can be cut by
incubation with the TEV protease (see Fig. 4a). After TEV protease
cleavage we can therefore assess whether the incorporated label has
been specifically attached to the N-terminus of the protein.

1. The protein sample (3 ml) is supplied in storage buffer A at a
concentration of 2 mg/ml and buffer exchanged in labeling
buffer C using Econo-Pac 10DG column and recovered in
4 ml.

2. ATTO 488-NHS ester or ATTO 633-NHS ester is dissolved in
anhydrous DMSO and added rapidly drop by drop while stir-
ring at twofold molar excess of dye over the protein (see Notes
6 and 7). The reaction mixture is incubated at room tempera-
ture for 30 min with stirring.

3. The reaction is quenched by addition of Tris-HCI (pH 7.5) to
0.1 M and further incubated for 5 min.

4. The reaction is processed as in Subheading 3.3, step 4 using
storage buffer A as recovery buffer.

5. Figure 4b shows the analysis of the extent of labeling and the
label incorporation after TEV cleavage. Clearly, it can be seen
that the label has been attached to the N-terminal fragment but
also internally. DOLs of 2.2 and 2.3 for the ATTO 488 and
ATTO 633 labeling were measured spectrophotometrically.
Thus, under these conditions of pH 7, specificity of the reac-
tion towards the N-terminus was not observed. Mass spec-
trometry analysis of the labeled full-length proteins shows
that we obtained a very complex and heterogeneous mixture
with species that have acquired even 4 dyes per monomer (see
Fig. 4c). Perhaps, the e-amino groups of solvent exposed lysine
residues of RecA have a pKa value lower than expected due to
their local environment. It can be noticed that the DOLs
determined spectrophotometrically only give average and
approximate values.

6. To further optimize the labeling reaction, we performed addi-
tional labeling reactions with ATTO 633 NHS as described in
steps 1-5 using labeling buffer C in which the MOPS-NaOH
pH 7.0 is replaced with MES-NaOH pH 6.2 or HEPES-
NaOH pH 8.2. Unfortunately, as judged by fluorescence quan-
tification after TEV cleavage, the labeling in the three different
pH conditions behaved similarly giving both N-terminal and
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Fig. 4 Fluorescent labeling of RecA by the Lys light method at low pH. (a) The RecA protein was produced with
an N-terminal His tag cleavable by the TEV protease. (b) The His-RecA preparation was labeled with either
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internal attachment of the dye (data not shown). We conclude
that at least one internal Lys residue is reactive towards the
NHS ester group even when the pH is buftered at 6.2. Perhaps,
the local environment is influencing the pKa of this putative
surface-exposed lysine residue. However, another group has
been successful in specifically labeling RecA at the N-terminus
using a 5(6)-carboxyfluorescein, succinimidyl ester [5]. Thus,
the chemical properties of the dye might also influence the
specificity of the reaction. Alternatively, we will have to opti-
mize the ratio of dye to protein and/or the reaction kinetics
when working with ATTO NHS ester conjugates.

3.5 Fusion Sometimes fluorescent labeling by chemical modification is not
to an Intrinsically efficient or destroys the original activity of the protein. An alterna-
Fluorescent Protein: tive to make the protein glow is to generate a fusion of the protein
Production to an intrinsically fluorescent protein such as eGEFP. Below we
and Purification describe this approach for the labeling of hRPA, a single-stranded
of hRPA-eGFP DNA binding heterotrimeric protein complex [6, 7]. We generated

a bacterial polycistronic expression construct phRPA-eGFP (or
phRPA-mRFP1 expressing a red fluorescent construct) that pro-
duces the large subunit of hRPA tagged at its C-terminus with a
polyhistidine tagged variant of eGFP to facilitate purification
(details of plasmid constructs are available upon request). Below
we describe the expression and purification procedures as well as the
DNA binding activity analysis.

1. The expression plasmid is transformed in Rosetta/pLysS cells
(Novagen) and cells containing the plasmid are selected on LB
plates supplemented with ampicillin (100 pg/ml) and chlor-
amphenicol (34 pg/ml). A single colony is used to inoculate
50 ml of LB + amp + cm and incubated overnight at 37 °C with
agitation. The next morning, 3 | of medium in a 6 1 flask are
inoculated with 30 ml of overnight preculture and incubated at
37 °C with vigorous shaking until the OD at 600 nm reaches
0.5. At that stage, IPTG is added to a final concentration of
1 mM and the temperature of the incubator is turned down to
+15 °C. Incubation at +15 °C is continued for at least 16 h.
Cells are collected by centrifugation at 3500 x g4 and

A

Fig. 4 (continued) ATTO 488 NHS (A-488) or ATTO 633 NHS (A-633) and compared to the unlabeled
preparations (U) before and after TEV protease cleavage (+TEV) by denaturing and reducing SDS-PAGE
analysis. M = protein size standards. After electrophoresis, the gel was first scanned with a Fluor Imager
FLA-5100 (Fujifilm) to detect emission of ATTO 488 (middle panel) or ATTO 633 (bottom panel). Next, the gel
was stained with Coomassie Brilliant Blue R-250 to reveal all proteins and visualized by bright field
illumination (fop panel). (c) The degree and homogeneity of labeling was analyzed by MALDI-TOF of the
full-length protein preparations
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resuspended in 10 ml of PBS. The cell paste is flash-frozen in
liquid nitrogen and stored at —80 °C.

. To extract the protein, the frozen cell paste is quickly thawed in

lukewarm water and immediately chilled on ice. Keep working
in the cold from now on. The suspension should become very
viscous due to cell lysis and release of genomic DNA. Add 1
volume of 2x lysis buffer and resuspend by mixing with a
pipette (see Note 17). The viscosity of the sample is reduced
by sonication (see Note 18). The mixture is clarified by centri-
fugation at 20,000 x g for 1 h at +4 °C (Sorval S§42 rotor).
The supernatant containing RPA-eGFP is flushed through a
filter device with 0.45 pm pores (Millipore). Cleaner prepara-
tions are usually obtained when using a chromatography sys-
tem such as an AKTAFPLC (GE Healthcare). However, since
most biophysics laboratories are not equipped with such equip-
ment, we present a procedure that can be performed manually
with a syringe and gives very pure preparations as shown in
Fig. 5a. The supernatant is loaded (slowly, drop by drop) on a
1 ml HisTrap FF column pre-equilibrated with 1 x lysis buffer.
The column is washed with 10 volumes of 1 x lysis bufter. The
column is further washed in 5 ml steps by increasing the
imidazole concentration starting from 5 to 10, 20, 50 and
finally 250 mM imidazole in 1x lysis buffer. The bulk of
hRPA-eGFP should elute in the last 250 mM imidazole step.
The protein sample is dialyzed against 2 | of bufter R for at least
2 h at +4 °C but overnight is also fine (se¢ Note 10). Slowly
load the protein sample on a 1 ml HiTrap Heparin HP column
equilibrated with buffer R, and wash with at least 10 ml of
buffer R. Step wash the column (5 ml) by increasing the
concentration of KCl in buffer R by 50 mM increments starting
at 50-500 mM. The bulk of hRPA-e¢GFP eclutes around
200-250 mM. Aliquot the fraction, flash freeze in liquid nitro-
gen and store at —80 °C. Presence of nucleases should be
tested. If desired the protein can be further purified by chro-
matography through a 1 ml Hitrap Q HP column by
performing exacting the same protocol as for the HiTrap Hep-
arin HP. Elution of hRPA-eGFP occurs around 250-300 mM
KCI. We advise to keep every fraction for analysis by SDS-
PAGE.

. Figure 5 shows the denaturing SDS-PAGE analysis of a hRPA-

e¢GFP preparation obtained by the Histrap/Hitrap heparin
protocol described above. Figure 5 presents the analysis of
the single-stranded DNA binding activity by electrophoretic
mobility shift assay. Reassuringly, the presence of the eGFP tag
fused at the C-terminus of the large hRPA subunit does not
affect its DNA binding activity in this assay.
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Fig. 5 Purification and single-stranded DNA binding of hRPA-eGFP. (a) SDS-PAGE/Coomassie staining of an
aliquot of the hRPA-eGFP preparation (2 pg) purified on HisTrap and Heparin columns. M = molecular weight
standard. (b) Electophoretic mobility shift assay showing that the fusion of eGFP or mRFP1 to C-terminus of the
large subunit of hRPA does not interfere with its single-stranded DNA binding activity. For each preparation,
the protein (1 pM for the highest final concentration, and diluted in twofold increments) was incubated with or
without 200 ng of PhiX174 single-stranded DNA in a 10 pl reaction volume containing 50 mM KCI, 20 mM Tris-
HCI pH 7.5, 5% glycerol, 1 mM EDTA, 1 mM DTT and 100 pg/ml BSA. After 20 min incubation, the binding
reactions were directly analyzed by electrophoresis in a 0.6% agarose/Tris-Borate-EDTA. Before staining, the
gel was scanned with a Fluor Imager for detection of mRFP1 or eGFP emission (middle two panels). Afterward,
the gel was stained with ethidium bromide to detect DNA and visualized on a U.V. light transilluminator (top
panel) or by scanning the gel with a Fluor Imager (bottom panel, notice that with these settings both mRPF1
and ethidium bromide emissions contribute to the signal)
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3.6 Indirect
Strategies for Protein
Fluorescent Labeling

It is also possible to label a protein by adding an affinity tag by
genetic engineering, allowing indirectly labeling with secondary
fluorescent reagents specific for the tag. Here, we will enumerate
and briefly describe a few of the possible tags that can be used and
cite companies from which reagents can be obtained (se¢ Note 19).

1. The AviTag (Avidity) consists in a 15 amino acid peptide tag
(GLNDIFEAQKIEWHE) that can specifically be biotinylated
in vivo or in vitro on the lysine residue using the biotin ligase
(BirA) from E. coli. Commercially available fluorescent avidin
or streptavidin can subsequently be attached “nearly cova-
lently” to the AviTagged protein.

2. The strep tag (IBA-bioTAGnology) is a very small peptide that
can be fused to a protein of interest by genetic engineering.
The strep tag mimics biotin and can bind streptavidin or avidin
with high affinity. Addition of fluorescently labeled streptavidin
or avidin thus indirectly labels the biotinylated protein.

3. The FIAsH/ReAsH system (Invitrogen). The small 6-amino
acid 1 kDa tetracysteine tag (CCPGCC), that can be fused to a
protein of interest by genetic engineering, coordinates the
FIAsH-EDT, or ReAsH-EDT, compounds with high affinity.
These biarsenical compounds fluoresce upon coordination to
the tetracysteine tag.

4. Fluorescently labeled antibodies specific to the protein of inter-
est could also be used for indirect labeling as long as they do
not interfere with its activities. Instead, a number of fluores-
cently labeled monoclonal antibodies specific for various epi-
topes that can be fused to the protein of interest by genetic
engineering are commercially available. The FLAG, HA and
myc epitopes are amongst the most popular ones. Finally, since
many recombinant proteins are produced as fusions to the
glutathione S-transferase or the maltose binding protein,
these moieties can also be used as anchor point for a fluorescent
antibody.

5. Fluorescent nanocrystals (quantum dots, Evident Technolo-
gies, Invitrogen) functionalized with NHS ester or maleimide
groups, or coupled to streptavidin or antibodies, might be used
for direct or indirect protein labeling.

6. Fluorescent protein labeling via the SNAP/CLIP tags (New
England Biolabs), which are small proteins derived from
human O°-alkylguanine-DNA-alkyltransferase that can be
fused by genetic engineering to the protein of interest. These
tags efficiently and specifically react covalently with fluores-
cently label ligands.

7. Fluorescent protein labeling via the HaloTag (Promega) engi-
neered from a bacterial haloalkane dehalogenase. Fluorescent
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synthetic ligands of choice can be purchased that efficiently
form stable covalent adducts with the HaloTag.

. Fluorescent labeling of proteins at either the N- or the

C-terminus can be achieved via bacterial Sortase A mediated
ligation of fluorescently labeled peptides [8-10].

4 Notes

. See Molecular Probes Handbook at http: //www.invitrogen.

com/site /us/en/home /References /Molecular-Probes-The-
Handbook.html for a description of the chemistry.

2. The 1 M DTT stock solution should be prepared freshly.
. The Econo-Pac 10DG column is first equilibrated by gravity

flow with 20 ml of labeling buffer (or recovery bufter). The
3 ml sample is next loaded on the column and after it has fully
entered the gel, add 4 ml of labeling bufter to elute the protein.
When performing a buffer exchange after labeling, most of the
dye should stay in the column bed.

. Buffers are deoxygenated by gently bubbling argon gas for

30 min.

. Most protocols do not recommend high salt concentrations

during labeling. However, we find that many proteins that we
work with require at least 250 mM salt (NaCl or KCI) to be
maintained in solution. The high salt concentration does not
affect the reactivity of the maleimide towards the -SH groups.
Performing the labeling in the presence of 0.5 M NaCl (and
sometimes even up to 1 M NaCl) helps in obtaining more
homogeneous labeling by avoiding protein aggregate forma-
tion. It is important to keep the pH below 7.5 otherwise the
maleimide group can also react with unprotonated primary
amines.

. We purchase dyes in small quantities, typically 1 mg, and use

them promptly. Routinely, we dissolved the dye in anhydrous
DMSO (stock kept in a desiccator) because many dyes have a
poor solubility in water. Once dissolved in DMSO by vortex-
ing, spin the solution in a microfuge to remove insoluble
matters. It is best to immediately use the dye solution in a
labeling reaction. However, we find that the dye solution in
anhydrous DMSO can be kept for several weeks when stored at
—20 °C in an O-ring screwcap tube. Reactivity will drop with
time due to maleimide (or NHS-ester) hydrolysis. It is thus
important to avoid contact with humid environment and test
the labeling efficiency of the dye after prolonged storage in
anhydrous DMSO.


http://www.invitrogen.com/site/us/en/home/References/Molecular-Probes-The-Handbook.html
http://www.invitrogen.com/site/us/en/home/References/Molecular-Probes-The-Handbook.html
http://www.invitrogen.com/site/us/en/home/References/Molecular-Probes-The-Handbook.html
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7.

10.

11.

12.

13.

To obtain complete labeling, the choice of the molar ratio of
dye to protein during labeling can be critical as well as the
incubation time and temperature. We typically use fivefold
and one- to twofold molar excess of dye for maleimide and
NHS ester reaction respectively. However, it is wise to first
perform small-scale pilot reactions to optimize conditions
(see Subheading 3.1, step 7).

. It is common to find that some or all of the protein forms

aggregates after labeling. This is not a surprise since the surface
properties of the protein can be changed after labeling.
Another dye can be tried or alternatively use a variant of the
dye with a different charge for example.

. Protein concentration can conveniently be achieved using Ami-

con Ultra centrifugal filter devices from Millipore. They come
in different sizes and with different MWCOs. Follow the sup-
plier recommendation for the choice of centrifugal speed. We
first spin an aliquot of buffer through the filter before adding
the protein sample. Be careful not to concentrate too much as
the protein might aggregate at high concentration. Proceed
first in 5 min time intervals and gentle resuspension with a
Pasteur pipette without damaging the filter.

We use SnakeSkin Pleated Dialysis Tubing from Pierce
(10,000 MWCO). Protein aggregation may occur after
dialysis.

Before loading the protein sample on the gel, 1 volume of
protein sample buffer is added to the protein aliquot and the
mixture is heated at 95 °C for 5 min. After electrophoresis the
gel is placed in destaining solution and can directly be scanned
with a Fluor Imager to visualize and quantify fluorescent sig-
nals. Free dye runs with the electrophoresis front and will
diffuse away after prolonged incubation. Note that this fluo-
rescence imaging procedure is very useful to determine if the
dye exhibits nonspecific binding to the protein of interest. For
Coomassie staining, the gel is placed in staining solution and
incubated for 1 h to overnight on a rotating table. The gel is
next destained by several incubations in destaining solution
(note that Coomassie will quench the fluorescence).

The mobility shift after labeling is often but not always detect-
able. The mobility shift depends on the mass-to-charge ratio,
which can be affected by attachment of the dye to the protein,
and the resolving power of the gel chosen.

Measurement and calculation of DOL by spectrophotometry is
described in detailed at (http: //www.atto-tec.com/index.php?
id=62&L=1).


http://www.atto-tec.com/index.php?id=62&L=1
http://www.atto-tec.com/index.php?id=62&L=1
http://www.atto-tec.com/index.php?id=62&L=1
http://www.atto-tec.com/index.php?id=62&L=1
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14. First equilibrate the PD SpinTrap G-25 spin column by five
consecutive 400 pl washes in labeling buffer and then proceed
as reccommended by the supplier. Do not exceed 100 pl for the
sample.

15. Mass spectrometry procedures will not be described here since
most universities and research centers have nowadays access to
a mass spectrometry service. For full-length protein mass mea-
surements by MALDI-TOF, it is important to work at protein
concentrations of at least 5 pM, to avoid salt, detergents and
glycerol. Reversed-Phase ZipTips from Millipore can be very
convenient. Sinapinic acid often works well as matrix for ioni-
zation of full-length proteins. Finer mass spectrometry analysis
to identify modified residues after labeling can also easily be
performed by in gel trypsin digestion (or using other
proteases).

16. http: //www.atto-tec.com/index.php?id=62&L=1.

17. Protease inhibitor cocktails can be added during resuspension.
We typically use 1 mM PMSEF in this protocol. Avoid EDTA in
your sample because it will chelate the Ni**. Do not go higher
than 20 mM f-mercaptoethanol or add DTT to avoid reducing
Ni*".

18. Sonicate with a microtip in short intervals of max 1 min with
interruption on ice to avoid heating of the sample. Alterna-
tively, benzonase nuclease (Novagen) can be added to the
sample but Mg?* should then be added.

19. There is an important danger in using antibody, quantumdots,
or fluorescent streptavidin to label proteins because these
reagents may have multiple binding sites and can thus, under
the wrong conditions, multimerize the protein of interest.
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Single-Molecule Imaging of Escherichia coli
Transmembrane Proteins

Chapter 7

Aravindan Varadarajan, Felix Oswald, and Yves J.M. Bollen

Abstract

Single-molecule imaging in living cells can provide unique information about biological processes. Bacteria
offer some particular challenges for single-molecule imaging due to their small size, only slightly larger than
the diffraction limit of visible light. Here, we describe how reliable and reproducible single-molecule data
can be obtained for a transmembrane protein in the Gram-negative bacterium Escherichia coli by using live-
cell fluorescence microscopy. Fluorescent labeling of a protein by genetic fusion, cell culturing, sample

preparation, imaging, and data analysis are discussed.

Key words Single-molecule tracking, Bacteria, Escherichia coli, Transmembrane protein, Diffusion,

Fluorescence microscopy, Sample preparation

1 Introduction

Fluorescence microscopy is a powerful technique that enables
scientists to probe macromolecular organization, localization, and
dynamics in living cells. However, the maximum resolution
achieved in standard fluorescence microscopy is intrinsically limited
by the diffraction of light. This limitation is a serious problem for
imaging bacteria, since the maximal resolution (~250 nm) is com-
parable to the size of the entire cell (typically ~1-2 pm). As a result,
the structures and dynamics of key bacterial machineries, often
smaller that the diffraction limit, are hard to be probed in vivo. In
this chapter we describe a protocol for fluorescence labeling and
imaging of transmembrane proteins that allows detection of single
molecules within live E. coli cells and allows locating them with a
better accuracy than the diffraction limit. To achieve this, we genet-
ically fuse a fluorescent reporter to the amino-terminus or carboxy-
terminus of the protein of interest. Then we clone the labeled
protein into a low expression plasmid that produces ~10-100
fluorescently labeled protein molecules per cell. These cells are
grown in a shaking flask and imaged on a temperature-controlled
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microscope stage. Using wide-field fluorescence microscopy, indi-
vidual fluorescent protein molecules within bacterial cells are visua-
lized and their mobility is tracked using single-particle tracking
software.

2 Materials

. PCR Master Mix: mix 1-2 pl of template DNA (1-10 ng for

plasmid DNA, up to 250 ng of genomic DNA), 2.5 pl
(10 pmol) forward primer, 2.5 pl (10 pmol) reverse primer,
1.4 pl of a 5 mM dNTP solution, 5 pl of 10x concentrated
polymerase buffer (provided with the enzyme), 1 pl (30 U/pl)
high fidelity DNA polymerase, and add nuclease-free water up
to a volume of 50 pl.

. Gibson Master Mix: 50 pl Taq ligase (40 U/pl, New England

Biolabs), 100 pl isothermal buffer (5x concentrated, NEB),
2 pl TS5 exonuclease (1 U/pl, NEB), 6.25 pl Phusion polymer-
ase (2 U/pl, NEB), 216.75 pl nuclease-free water. Store ali-
quots of 15 pl at —20 °C.

. DNA Ligation Mix: 2 pl of 10x concentrated DNA ligase

bufter (provided with the enzyme), 1 pl T4 ligase, 40 fmol of
vector DNA (100 ng for a typical vector of 4 kb), and 60 fmol
of insert DNA (37.5 ng of a typical insert of 1 kb) both
restricted with the appropriate restriction enzymes; make the
volume up to 20 pl with nuclease-free water.

. YT Medium: add 16 g Tryptone, 10 g Yeast Extract, 5 g NaCl

in ~900 ml of distilled water, Adjust the pH to 7.0 with NaOH,
make the volume up to 1 I with distilled water, sterilize the
solution by autoclaving.

. M9 Medium: dissolve 6 g Na,HPOy4, 3 g KHPO4, 1 g

NH,CI, 0.5 g NaCl in 900 ml deionized water and autoclave
the solution. Subsequently add from filter-sterilized stock solu-
tions: 2 ml of 1 M MgSQOy, 0.1 ml of 1 M CaCl,, 20 ml of 20%
glucose, 10 ml of 10% casamino acids, 10 ml of 1% (w/v)
thiamine. Make the volume up to 1 | with sterile water.

. Agarose: very pure low melting agarose.
. VALAP wax: 10 g Paraffin, 10 g Lanolin, 10 g Vaseline, slowly

heated to 60 °C while gently stirring.

3 Methods

3.1 Plasmid
Construction
and Cloning

. Amplify the DNA sequence encoding the protein of interest

from the chromosome of the E. coli strain of interest using
Polymerase chain reaction (PCR). Protocols for genomic DNA
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isolation, primer design, and PCR reactions are described else-
where [1].

. In order to fluorescently label the protein of interest, amplify

the DNA sequence of a fluorescent protein (see Note 1) and
fuse it to the N-terminal or C-terminal end of the protein of
interest by cloning the two genes in one open reading frame,
using for example Gibson isothermal assembly [2]. It is impor-
tant to verify that folding, localization, and activity of the
protein of interest are not affected by fusion to a fluorescent
protein. Appropriate control experiments should be performed
in order to check the activity of the fusion protein. Parameters
that can be varied in order to reduce the influence of the
fluorescent protein on the target protein’s folding and function
include the place where the fluorescent protein is fused (N-
terminus, C-terminus, or sandwiched in a loop) and the intro-
duction of short, polar, flexible linkers between the fluorescent
protein and the target protein (see Note 2).

. Clone the fused fragments into a low or medium copy number

plasmid (see Note 3) that allows tight regulation of protein
expression, for example by Gibson assembly [2] or by restric-
tion and ligation [1]. If the correct functioning of the protein
of interest strictly depends on the correct expression level, one
could consider replacing the endogenous gene in the E. coli
genome by a fluorescently tagged version of the same gene, for
example by homologous recombination [3] or by CRISPR-
Cas9-based technology [4].

4. Verify the genes on the plasmid by sequencing.

. Transform the plasmid that contains the fusion fragments into

E. coli cells of interest by electroporation or heat-shock. Then
plate the transformants on YT agar plates supplemented with
the appropriate antibiotics, for example ampicillin (100 pg/ml)
for pBAD24 or chloramphenicol (34 pg/ml) for pPBAD33.

. Pick one E. coli colony from the YT agar plate and inoculate the

cells in 2-5 ml of fresh YT medium containing the appropriate
antibiotics. Incubate in a shaker at 37 °C, long enough to reach
an ODggo (optical density at 600 nm) that exceeds 1.0. We
typically grow the pre-culture over-night.

. Dilute the culture 100 x in 5 ml fresh YT medium with appro-

priate antibiotics and incubate in a shaker at 37 °C.

. Turn on the fluorescence microscope and set the objective lens

heater to the desired imaging temperature. We use a stage-top
incubator system (Tokai Hit, INU-ZILCS-F1) for equilibrat-
ing the apochromatic 100x 1.49 NA TIRF oil-immersion
objective to 23 °C. Leave the microscope at this setting for
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3.3 Preparation
of Agarose Solution

3.4 Preparation
of a Gel Pad on the
Microscope Slide

90-120 min in order for temperature equilibration to be com-
plete (see Note 4).

. The cells are ready for imaging when the ODggg equals 0.3-0.4

(at 37 °C, with an initial ODggo of 0.02, this will take about
90 min) (se¢e Note 5). Centrifuge the culture at 1789 x g for
2 min in a benchtop microcentrifuge in order to obtain the cell

pellet. In the meanwhile, start preparing the agarose gel pad
(Subheading 3.3).

. Discard the supernatant and add 5 ml fresh minimal medium

M9 and resuspend the pellet gently (see Note 6).

. Cells resuspended in 5 ml M9 medium can be directly used for

short-term time-lapse imaging. For long-term time-lapse
imaging, dilute the resuspended cells 10-100-fold in fresh
M9 medium (see Note 7).

. Weigh approximately 75 mg agarose into a 5 ml tube.
. Add appropriate volume (approximately 5 ml) of M9 minimal

medium without antibiotics to make a 1.5% agarose solution.

. Heat the agarose solution for 45-60 s in a microwave oven to

dissolve the agarose. Shake the tube to ensure that the solution
is completely clear and homogenous. The gel pad can be
poured at this point (Subheading 3.4) or the agarose solution
can be kept at 50 °C for several hours for later use.

. About 60 min before imaging, clean the microscope slides and

cover slip by blowing with compressed air. Then clean them
with a plasma-cleaner (see Note 8). Each sample requires two
slides and one cover slip.

. Prepare two spacer slides by putting two layers of labeling tape

on each of two microscope slides (Fig. 1). The microscope
slides should have the same thickness as the ones used for
imaging (see Note 9).

. Clean the lab table with 70% alcohol and prepare the sample

under a lit burner to avoid contamination of the slides. Alter-
natively, one could work in a laminar flow cabinet.

. Place a clean microscope slide between the two spacer slides as

shown in Fig. 1.

. Apply 400 pl of the warm agarose solution (step 3 in Subhead-

ing 3.3) to the center of the clean slide.

. Rapidly top the agarose solution with a second clean slide as

shown in Fig. 1.

. Allow the agarose solution to solidify at room temperature for

1 min. Then cut excess agarose around the top slide with a
clean razor blade.
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B C D

nod
v v v
Microscope Marking Clean Agarose Clean top Microscope slide with
priish tape bolt_t:m slide agarose pad
slide

Fig. 1 Sample preparation for microscopy (a) Spacer slide with double-layered marking tape. (b) two spacer
slides flanking a clean bottom slide with a 400 pl of agarose dissolved in M9 medium. (¢) A clean top slide is
added to level off agarose, (d) Finished slide with a thin square-shaped agarose pad

8.

9
3.5 Time-Lapse 1.
Imaging

2

3

Carefully slide off the second glass slide from the top of the gel
pad, and remove excess agarose gel at the sides of the bottom
slide with a clean razor blade. Add 8 pl of cell culture suspended
in M9 medium (from Subheading 3.2) to the top of the gel pad.
Wiait for ~20-30 s for the culture to be absorbed by the gel pad.
It is important not to wait too long, such that the gel pad dries
out, but long enough for cells to properly adhere to the gel pad.
The ideal waiting time may vary with (room) temperature and
humidity. Once the cell suspension is absorbed by the agarose
gel, place a clean cover slip on top of the pad (see Note 10).

. Seal the sample chamber with molten VALAP wax around the

edges of the cover slip (se¢ Note 11). The sample can now be
used for imaging on the microscope (se¢ Note 12).

Mount the sample on top of the microscope objective equili-
brated at the desired measuring temperature for at least 90 min
(see Note 4).

. Let the sample be on top of the objective for ~15 min (this will

equilibrate the cells to the exact measuring temperature, see
Note 13). In practice, we use this time to find regions of
interest and modify imaging scripts and file names as necessary
for an experiment.

. Find cells on the microscope using bright-field transillumina-

tion and position them in the center of the imaging region and
bring them into focus (see Note 14). Best results are obtained
when the bottom half of the cell is in focus (see Note 15). More
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than one cell can be imaged in each image acquisition time
window. For time-lapse imaging over several generations,
ensure that imaged cells are initially separated from other cells
by at least a few hundred micrometer so that other colonies will
not enter the imaging region during growth.

. Turn on the excitation laser with closed shutter, to avoid

bleaching prior to acquisition. A laser intensity of ~200 W/
cm? is required for imaging single molecules that diffuse in the
membrane of a living bacterial cell (see Note 16).

. Open the shutter and immediately record a continuous series of

images until all fluorescent molecules have bleached. We typi-
cally record 200-300 images per region of interest. A sensitive
camera is required to image single, diffusing fluorescent mole-
cules (see Note 17).

. Repeat steps 3-5 until sufficient data have been recorded (see

Note 18).

. Images are analyzed to find the positions of individual mole-

cules in each image and link the positions into trajectories, from
which diffusion coefficients can be extracted. We use custom-
written routines in MATLAB (MathWorks) described else-
where [5, 6].

4 Notes

. Our microscope has green and red detection channels. Out of

the available green fluorescent proteins, we find that it is best to
use eGFP for cytoplasmic labeling of E. co/ membrane proteins
due to its high photostability, high brightness, low blinking
rate and fast maturation. We find that it is best to use stGFP for
periplasmic labeling of E. colz membrane proteins because of its
robust folding and fluorescing property in the more oxidizing
periplasmic environment [7]. Out of the red fluorescent pro-
teins that we tried, mCherry gave the best results.

. In our recent work, we chose to label the cytoplasmic N-

terminal end of the following transmembrane proteins of E.
coli strain MC4100 by fusion to green fluorescent protein
(eGFP): YedZ, CybB, GIpT, CstA and WALP-KcsA [8]. For
the transmembrane protein MscL we chose the cytoplasmic C-
terminal end for eGFP fusion, because the N-terminus is
located in the periplasm where eGFP does not mature. In the
case of the transmembrane protein MscS, we chose the peri-
plasmic N-terminal end for fusing to super folder green fluo-
rescent protein (stGFP) as the C-terminal end is involved
heptamerization. The N-terminal stGFP was translocated co-
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translationally across the cytoplasmic membrane via a signal
sequence derived from the protein DsbA [8].

. We typically use an arabinose inducible plasmid, pBAD24 or

pBAD33, because of their moderate copy number and tight
regulation of protein expression in bacterial cells [9].

. When measuring diffusion of membrane proteins, it is

extremely important that the temperature of the microscope
is stable when starting the experiment. Diffusion depends
strongly on temperature, and also the composition of the bac-
terial membrane alters upon temperature changes. Even small
changes in temperature during data acquisition can lead to very
complex heterogeneous data.

. We usually choose midlog phase cells for imaging because at

this phase E. coli cells are generally healthy and metabolically
homogeneous, and produce most of the intracellular proteins.
However, the experiment can be performed at other growth
phases if required for studying particular cellular processes.

. We use M9 minimal medium for imaging due to its reduced

auto-fluorescent property which reduces background fluores-
cence signal during image acquisition. An even stronger reduc-
tion of auto-fluorescence can be obtained by growing the cells
in minimal medium (step 2) at the cost of slower growth.

. Low cell densities are important for extended time-lapse imag-

ing. Due to exponential growth of cells, high initial cell con-
centrations will result in micro-colonies rapidly growing on top
of each other, and it can significantly deplete oxygen in the gel
pad after prolonged growth, reducing fluorescent-protein mat-
uration and affecting cell growth.

. We clean the microscope slide and cover slip using plasma

cleaner to reduce background noise emerging from the glass
surface during image acquisition. Glass slides often contain
small fluorescent organic compounds that, when not removed,
can ecasily be mistaken for fluorescent proteins during data
acquisition. We use a Harrick Plasma cleaner by setting the
RF level high for 15 min. We use 76 x 26 mm microscope
slides from Menzel-Glaser with the thickness of about 1 mm,
and 22 x 22 mm cover slips from Menzel-Gliser with the
thickness of 0.16-0.19 mm.

. The strips of tape act as spacers, they provide an easy means to

achieve agarose pads with homogeneous and reproducible
thickness. More layers of tape will lead to thicker pads. The
TimeMed tape that we use has a thickness of about 0.13 mm.

We use agarose-pads for immobilizing bacterial cells because
they provide a suitable environment for the cells to adhere
gently on their surface with less physical pressure. On agarose
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11.

12.

13.

14.

15.

1e6.

17.

18.

pads, nearly all cells are lying horizontally, which is not the case
in other immobilization methods that we tried.

We seal the microscope slides with VALAP to prevent the
sample from drying.

We perform sample preparation at room temperature. The
preparation, i.e., making the agarose pad, applying the cells
and sealing the sample chamber with VALAP takes approxi-
mately 15 min.

We incubate the sample on the microscope for 15-30 min to
allow the cells to adjust to the imaging temperature (23 £ 1 °C).
This is important because we initially grow cells at 37 °C in a
shaking flask, then prepare the sample at room temperature,
and later image them at 23 °C. Drastic temperature shift will
cause significant changes in cellular functions and membrane
lipid composition. Even small shifts in temperature during
acquisition, in the order of 0.1 °C lead to significant drift of
the diffusion coefficient. Therefore, allow sufficient time for
the cells to adapt to required measuring temperature. We
strictly follow the sample preparation and incubation timing
(i.e. from the point where the cells are resuspended in M9
medium to imaging) to get reliable and reproducible data.
The entire procedure is summarized in Fig. 2.

We typically use a motorized microscope stage controlled by a
joystick (Applied Scientific Instrumentation, MS-2000). We
then use the motorized focus system to bring the cells into
right focus.

For the high-magnification objectives that are required for
single-molecule tracking in bacteria, focal depth is approxi-
mately 500 nm, and E. coli cells are approximately 1 pm in
diameter. Focusing to the middle of the cell thus has the
disadvantage that the membranes on the top and bottom of
the cell will not be in focus.

To image e¢GFP or stGFP, we use a 491 nm diode-pumped
solid-state laser (Cobolt Calypso 50™ 491 nm DPSS), in
combination with a dichroic mirror (Semrock, 488 /561 nm
lasers Brightline® dual-edge laser-flat, Di01-R488,/561-
25x36) and an emission filter (Semrock, 525,50 Brightline®
single-band band pass filter, FF03-525 /50-25).

We use an EMCCD camera (Andor iXon3, type 897) for
acquiring fluorescence images continuously with an integration
time of 32 ms per image. We use a total magnification of 200,
corresponding to 80 nm by 80 nm in the image plane per pixel.

We acquire images for approximately 40-60 min. Longer
imaging will lead to data collection from aging cells which are
generally smaller in size and less fluorescent, which might be
due to nutrient depletion or metabolic changes.
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/ Cell Growth:

Sample Preparation:

~

Repeat for all cells

g Grow cells overnight in YT medium Prepare 1.5% agarose solution
% l
g Reinocculate at ODggg = 0.02 Make agarose gel pad
'
o
L) Grow to ODggp=03-04 Add 8 pl cells to agarose pad
£ l
g Spin 4000 rpm 1 minute Wait 30 sec
Wuspend in 5 ml M9 medium Seal the chamber with wax /
/ Initial Preparation: Every 2-3 minutes: \
Turn on the microscope Centralize the cells in the
l image plane J, ‘\
()]
= Adjust temperature of microscope Autofocus
% objective using stage top incubator
= system l l,
Adjust laser power Take bright field image
Find cells in the image plane Take 300 fluorescence /

images with the integration
time of 30 ms per image

4

Fig. 2 Workflow of sample preparation and imaging of fluorescently labeled transmembrane proteins in E. coli
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Chapter 8

Single-Molecule Fluorescence Microscopy in Living

Caenorhabditis elegans

Jaap van Krugten and Erwin J.G. Peterman

Abstract

Transportation of organelles and biomolecules is vital for many cellular processes. Single-molecule (SM)
fluorescence microscopy can expose molecular aspects of the dynamics that remain unresolved in ensemble
experiments. For example, trajectories of individual, moving biomolecules can reveal velocity and changes
therein, including pauses. We use SM imaging to study the dynamics of motor proteins and their cargo in
the cilia of living C. elegans. To this end, we employ standard fluorescent proteins, an epi-illuminated, wide-
field fluorescence microscope and mostly open-source software. This chapter describes the setup we use, the
preparation of samples, a protocol for single-molecule imaging in C. elegans and data analysis.

Key words Single-molecule imaging, Live-cell imaging, Wide-field fluorescence microscopy, Caenor-

habditis elegans

1 Introduction

In cells, it is of vital importance that biomolecules and organelles
are transported from one side to the other. For transport of small
particles over short distances, thermal-energy driven diffusion can
be sufficient, but for larger particles and transport over large dis-
tances, active, motor-driven transport is required [1-3]. In many
cases, single cargoes are transported by teams of motor proteins
that use the cytoskeleton as tracks [4]. To unravel the molecular
basis of intracellular transport, we use live-cell imaging of cargoes,
motor proteins, and other factors involved. Key aspects of interest
are how many motors of what type are involved in transport, how
motors of the same or other (often opposite) directionality cooper-
ate and how transport is regulated. We use a combination of
ensemble imaging—visualizing single cargo trains with a multitude
of components, including motors—and single-molecule (SM)
imaging—where we focus for example on an individual motor
protein. SM imaging can reveal interesting dynamics that are
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hidden or averaged out in bulk experiments and can thus provide a
better understanding of the transport mechanism.

As a model system for intracellular transport we use intraflagel-
lar transport (IFT) in the chemosensory cilia of the nematode
Caenorbabditis elegans. C. elegansis a widely used model organism,
because it is relatively easy and cheap to keep, has a short reproduc-
tion cycle, the genome is known, as well as the lineage of all cells
and the connectome of the nervous system. Furthermore, C. ele-
gansis small (~1 mm long), thin (~100 pm) and transparent, which
makes it ideal for fluorescence microscopy. A subset of the neurons
in C. elegans is specialized in sensing the chemical composition of
its surroundings, essential for the animal’s survival [5]. From the
ends of the dendrites of these neurons sensory cilia protrude. The
tips of these cilia are in contact with the environment outside of the
animal and can sense chemicals, resulting in signal transduction.
The chemosensory cilia are ~8 pm long, ~100-300 nm diameter,
membrane-enveloped structures protruding from the dendrite.
Their core consists of a highly structured bundle of microtubules,
an axoneme. For their development and maintenance, cilia depend
upon a specific intracellular-transport pathway, IFT. IFT, driven by
kinesin-2 and IFT-dynein motor proteins transports cargo, includ-
ing receptors and ciliary components from base to tip and back
again, in a continuous fashion.

In this chapter, we provide a comprehensive description of the
methods we employ to image SM dynamics in a living, multicellular
organism, with IFT in living C. elegans as an example. First, we
explain the key features of our custom-built epi-illuminated wide-
field fluorescence microscope. Next, we describe sample preparation,
including anesthetizing the nematodes and placing them on agarose
pads. Subsequently, we describe the actual imaging and, finally, the
analysis of the obtained images. In this chapter we will not address
the standard methods to maintain and transform C. elegans, since
these have been described elsewhere in great detail [6].

2 Materials

2.1 Anaesthetizing
and Mounting C.
elegans

p—

. Multipurpose agarose.

2. M9 buffer: 5 g NaCl, 6 g Na,HPOy, 3 g KH,PO, 1 mL 1 M
MgSO,, H,O to 1 L. Sterilize by autoclaving.

3. Microscope slides: 76 x 26 mm.
4. Labeling tape.

5. Anesthetic: 5 mM Levamisole (tetramisole hydrochloride) in
M9 (see Note 1).

6. Cover glass: 22 x 22 mm (we use Marienfeld, High Precision
No. 1.5H, 0107052).
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. VaLaP: equal parts vaseline, lanolin, and paraffin wax.

. C. elegans. transgenic young adults with no more than about

eight eggs (see Note 2), expressing fluorescently labeled pro-
teins of interest (see Note 3), maintained at 20 °C.

. The system is built on the basis of a commercial, inverted

microscope body (Nikon, Eclipse Ti), equipped with an eye-
piece and bright-field imaging capabilities for searching
nematodes.

. As objective lens, a Nikon, CFI Apo TIRF 100x, N.A.: 1.49

oil-immersion objective is used.

. Excitation light is provided by two diode-pumped solid-state

lasers (Cobolt Jive 50 mW 561 nm and Cobolt Calypso 50 mW
491 nm).

. Circularly polarized excitation light is obtained using an achro-

matic quarter-wave plate (Thorlabs, AQWP05M-600). Homo-
geneous and speckle-free illumination is obtained using a
rotating diffuser (SUSS MicroOptics, rotating ground-glass
diftuser (tilted version), 1° £ 0.25° full width at half-maximum
at 650 nm, AR-coating 400-750 nm R < 0.5%, double sided).

. Excitation and emission light are separated using a dichroic

mirror (488 /561 nm laser Brightline dual-edge laserflat, Sem-
rock, Di01-R488,/561-25x36). A dichroic longpass filter
(Chroma, T565lpxr) is then used to filter and separate emission
light inside a two-way image splitter (Cairn Research, Optosplit
II). For single-color imaging, one of the light paths is blocked.

. Fluorescence images are detected using an EMCCD camera

(Andor, iXon 897, DU-897E-COO-#BV) at 152 ms per
frame, at 5.3 pre amplifier gain and 300 EM gain with
10 MHz ADC readout.

. The microscope is operated by Micro-Manager software (ver-

sion 1.4, https://www.micro-manager.org).

3 Methods

3.1 Preparing
Agarose Pads

. Create microscope slides that each have two pieces of tape on

top of each other of about 5 cm in length (see Note 4), in order
to obtain a reproducible agarose-pad thickness.

. Place a not-taped slide between two slides with tape. Repeat for

as many slides as required.

. Make sure you have at least ten clean microscope slides, with

slides with tape on them next to it, available and place a pipet
set to 600 pL next to the slides.
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Fig. 1 Schematic of the preparation of a microscope slide with an agarose pad

4.

10.

3.2 Mounting G. 1.

elegans

Dissolve 0.4 g of multipurpose agarose (2%) in 20 mL M9
buffer and microwave until completely dissolved (see Note 5).

. Pipet 600 pL of agarose in M9 on the middle of the first

microscope slide that is positioned between two slides with
tape (see Note 6).

. Gently place a new (not-taped) microscope slide on top of the

agarose, such that it spans from one slide with tape to the other
(see Note 7) (Fig. 1). Repeat steps 5 and 6 till all prepared
slides are done, before moving to the next step.

. Carefully remove the solidified agarose that spilled out between

the two microscope slides with a scalpel (see Note 8). Repeat
for all slides.

. Pick up the two slides with agarose between them. Gently slide

the top one from the bottom slide. The agarose should now be
on the bottom slide.

. Using the now detached top slide, remove the agarose that is

hanging over the edges of the slide with the agarose pad. The
flat part of the detached top slide can be pressed against the side
with the agarose sticking out. This should result in a square
agarose pad in the middle of the bottom slide.

Microscope slides with agarose pads can be stored in a vertical
slide holder in an airtight container with a moisturized kim-
wipe at the bottom for at least 2 weeks.

Place a coverslip on a clean microscope slide and pipet 5 pL
5 mM Levamisole (at room temperature) on the center of the
coverslip.



3.3 Imaging

3.4 Data Analysis

Single-Molecule Fluorescence Microscopy in C. Elegans 149

2. Using a dissection stereo microscope, pick 6—8 young adult C.
elegans and place them in the drop of Levamisole (see Note 9).

3. Once the worms have been in the Levamisole for 10 min,
gently lower a prepared microscope slide with agarose pad,
with the agarose pad down, on the coverslip (se¢ Note 10).

4. Seal the agarose, now between microscope slide and coverslip,
by connecting the two with ValaP along the edges of the
coverslip (see Note 11).

5. Label your microscope slide and wait for approximately half an
hour for the worms to stop moving before imaging.

1. Once the worms are mounted on the fluorescence microscope,
check, using the ocular and bright-field imaging, whether the
worms are not moving (see Note 12). Try to focus and position
the region of interest of the worms into the approximate field
of view of the camera.

2. Switch from bright-field to fluorescence imaging.

3. Bring the structure of interest carefully into focus and start
recording (see Note 13).

4. Photobleach the sample up to a point when single fluorescence
spots can be clearly distinguished (see Note 14).

5. Try to maintain focus once in the SM regime, and image until
all fluorescent proteins (FPs) are bleached (see Note 15)
(Fig. 2).

Data analysis can be performed in many ways, depending on the
behavior of the protein of interest and the question to be answered.
Here, we will describe how we perform data analysis on SM data of
IFT components in the phasmid cilia of C. elegans.

Distance

Time

Fig. 2 Confocal picture of TBB-4::EGFP in C. elegans phasmid cilia (a). Scale bar 1 um. SM kymograph of
dynein motors transported towards the tip of the cilium (at the fop) and driving IFT back towards the base
(bottom) (b), recorded with our epi-illuminated wide-field microscope using XBX-1::EGFP. Scale bar 1 pm. SM
trajectory output from our particle tracing software (c)
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1. To prevent long software processing duration, it is advisable to

visually check the image stacks and make separate folders with
the frames (150-250) of high-quality parts of the stack (see
Note 16).

. If the signal-to-noise ratio is high enough, SM kymographs can

be generated, which makes browsing the SM data substantially
more efficient. Kymographs are generated using the Image]
macro KymographClear [7]. The output comprises of a raw
kymograph, a color-coded kymograph that is Fourier filtered
for forward and backward direction, and static motion, and
separate kymographs of forward and backward direction, and
static motion (se¢ Note 17).

. For the analysis of (average) velocity and intensity over time

and position of the tracks on the kymographs, we use the stand
alone program KymographDirect. The program also allows
one to export the data to Microsoft Excel or other software.

. Finally, for the detailed analysis of the dynamics of IFT compo-

nents, we employ tracking software custom-written in
MATLAB, based on an existing linking-algorithm [8]. This
software provides detailed data on the position as a function
of time of single molecules on a local coordinate system that is
established in the first steps of the script. Apart from the
velocity, it can distinguish motion parallel to the cilium from
perpendicular to the cilium, which can for example yield infor-
mation about turn duration and location of molecules along
the cilium. It can also determine whether a molecule appears to
move freely or seems to be bound to a structure. The data is
stored in output tables of MATLAB, it is straightforward to
write small scripts to determine, in an automated way, for
example whether pauses or directional turns occur in the tra-
jectory and how long they take.

4 Notes

. Choosing the right anesthetic is vital for the success of your

experiment. Sodium azide is historically also used as an anes-
thetic, but inhibits the synthase of adenosine triphosphate
(ATP) and cytochrome ¢ oxidase, both essential for many
cellular processes [9-11]. Levamisole immobilizes the worms
by opening a subgroup of AChR channels that results in muscle
contraction [12].

. The endogenously labeled strains we use were generated by

MoSCI insertions [13], however, the recently developed
CRISPR/Cas9 system [14] provides a quicker and more
straightforward way to label proteins endogenously. For
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imaging single molecules, it is beneficial to select proteins with
a location that is restricted to specific locations/structures in
the worm, in order to limit out-of-focus background fluores-
cence and autofluorescence. For this reason, we mostly image
the chemosensory cilia in the phasmid channels in the tail of the
nematode. Back-ground and autofluorescence are substantially
higher in for the amphid cilia around the head of the animal.

. The specifications vary widely among the rich color palette of
EPs. For the detection of single molecules, FPs with a high
quantum yield and brightness are advisable. We mostly use
EGEFP or paGFP in our studies.

. The brand one uses does not make a big difference, as long as
the microscope slides with tape are ~0.27 mm thicker than the
ones without tape. Molds can be reused.

. In our experience, this works best with a 50 mL centrifuge tube
that can stand upright. Place the tube in the microwave, place
the lid on top, but do not fasten tightly. When the tube is fully
closed, too much pressure will build up, when left open, too
much M9 will evaporate. The agarose settles quickly, so fre-
quent shaking is advised in order to prevent burning the aga-
rose in the bottom of the tube. At our lowest (350 W)
microwave setting, the M9 quickly boils over once it is warm.
At this point, the agarose is not fully dissolved yet. Dissolving
the agarose works best by heating in the microwave oven while
watching the tube, quickly turning it off once it starts to boil
over, shake the tube, and repeat till dissolved.

. Once the agarose in M9 is dissolved and taken out of the
microwave, it will solidify quickly. Steps 5 and 6 are therefore
best performed quickly. Prevent the formation of air bubbles in
the agarose on the slide. After performing this step a couple of
times, you will notice that the dissolved agarose will solidify in
the tip of the pipet: just change the tip.

. Place the top microscope slide on one of the taped microscope
slides first, without it touching the agarose. Gently lower it over
the agarose, wait till one can see condensation on the top
microscope slide, and then press it down on both microscope
slides with tape. This should not be done with too much force,
since it will make the agarose pads too thin.

. Try to prevent moving the bottom and top slide too much by
pressing them down while one removes the excessive agarose.

. Pick healthy looking young adults, and avoid transferring any
bacteria to the drop of Levamisole. It is hence best to pick
worms from outside the bacteria lawn. Bacteria and more
than eight worms will cause too much background fluores-
cence and will therefore harm your ability to image single
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10.

11.

12.

13.

14.

15.

molecules. As there are few worms on your coverslip, they will
be hard to find. Aligning them in a circle in the drop of
Levamisole will help one finding the rest on the fluorescence
microscope once you spotted the first. Marking the circle of
worms with a marker on the microscope slide under a dissec-
tion microscope can also help finding the worms once mounted
on the fluorescence microscope.

In our hands, this works best while holding the microscope
slide with the agarose pad at a 90° angle with respect to the one
with the coverslip with worms on it. Make sure to center the
coverslip in the agarose pad.

Melt the VaLaP by heating to approximately 75 °C before one
starts sedating the worms. Use a cotton swab to apply the
VaLaP on the corners of the coverslip to prevent it from
moving, before connecting the corners with VaLaP to seal the
agarose between the coverslip and microscope slide. Attempt
to apply as little VaLaP as possible on the coverslip, as VaLaP
can dissolve in immersion oil, harming image quality.

In practice, we mount the worms immediately after sealing the
coverslip and search for the worms on our fluorescence micro-
scope, and save their position using Micro-Manager. We then
wait for the worms to completely stop moving, and start
imaging.

The brighter the signal is, the easier it is to focus accurately.
After bleaching many FPs, it will become harder to focus on
the few that are still visible. Especially in the SM regime, there
is a delicate trade-oft between bringing the FPs better into
tocus and the risk of losing them while refocusing. Recording
images and focusing, before the SM regime is reached, helps to
obtain data good enough for data analysis.

Bleaching with high laser power will get one quickly in the SM
regime. However, in our experience, it works best while
bleaching with a low laser power. This results in a prolonged
period in which single molecules are visible. We bleach the FPs
with a low laser power until almost in SM regime, only then set
the laser to maximum power and focus one last time. Do this
quickly in order to avoid further photobleaching of the few
molecules not bleached. We search and bring our FPs into
focus with about 8% of the laser power (0.7 mW) and use
maximum laser power to get the highest possible signal out
of our FPs.

Analyzing your data will give insight in when it is time stop
recording and to move on to the next sample. Spatially distin-
guishable individual FPs and invariant intensity between them
is a good indicative for single molecules. Comparing the
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intensity of single, purified FPs on glass with the intensity of
the same type in vivo, and looking at the bleaching steps of the
FPs in vivo can also help determining whether one is observing
single molecules.

Enhancing the contrast using the likewise named feature from
Image] will improve the visual recognition of the trajectory of
your protein of interest. Although it will take time, to get an
idea of how a kymograph will look like in relation to the movie,
it can be insightful to make a kymograph of the entire
recording.

A more detailed description of KymographClear and Kymo-
graphDirect can be found in reference [15]. The software itself
and a manual can be found in ref. 7.
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Chapter 9

Purification and Application of a Small Actin Probe
for Single-Molecule Localization Microscopy

Roderick P. Tas, Trusanne G.A.A. Bos, and Lukas C. Kapitein

Abstract

The cytoskeleton is involved in many cellular processes. Over the last decade, super-resolution microscopy
has become widely available to image cytoskeletal structures, such as microtubules and actin, with great
detail. For example, Single-Molecule Localization Microscopy (SMLM) achieves resolutions of 5-50 nm
through repetitive sparse labeling of samples, followed by Point-Spread-Function analysis of individual
fluorophores. Whereas initially this approach depended on the controlled photoswitching of fluorophores
targeted to the structure of interest, alternative techniques now depend on the transient binding of
fluorescently labeled probes, such as the small polypeptide lifeAct that can transiently interact with poly-
merized actin. These techniques allow for simple multicolor imaging and are no longer limited by a
fluorophore’s blinking properties. Here we describe a detailed step-by-step protocol to purity, label, and
utilize the lifeAct fragment for SMLM. This purification and labeling strategy can potentially be extended to
a variety of protein fragments compatible with SMLM.

Key words Actin, Sample fixation, Fluorophores, Super-resolution microscopy, Exchangeable probe

1 Introduction

Cellular morphology, migration, division, polarization, and differ-
entiation are all processes that require very specific cytoskeleton
organization and dynamics. The exact organization of microtu-
bules and actin directly influences the available roads for active
transport by kinesins/dyneins and myosins, respectively [1-3].
A specific actin organization is important during cell migration,
neuronal growth cone extension, brush border formation, and
many other processes [4, 5]. Different actin structures underlie
different functions. For example, while dense structures of actin
in the axon initial segment of neurons can mediate myosin-
mediated anchoring of cargoes, cortical actin structures can drive
directional motility in epithelial cells [6, 7]. Therefore, understand-
ing the nanoscale organization of the actin and microtubule

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_9, © Springer Science+Business Media LLC 2018
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cytoskeleton is important to understand the mechanisms and func-
tions of these specialized structures.

Conventional fluorescence microscopy is widely available and
continues to be a powerful tool to provide new insights in cytoskel-
eton organization and dynamics. Better objectives, faster cameras as
well as genetic tools, and immunocytochemistry can be used to
label and image individual proteins with high specificity and tem-
poral resolution. However, conventional fluorescent microscopy is
limited by the diffraction of light, which causes fluorophores to be
imaged as a spatially extended structure of 200-300 nm. This
detected pattern of a single fluorophore on the camera is called
the Point Spread Function (PSF) which is shaped like an airy disk.
When two fluorophores emit light at the same time while they are
very close, the airy disks overlap and cannot be separated. This
phenomenon limits the distance at which you can separate two
fluorophores or structures to approximately half the wavelength
of the detected light.

During the last decade several fluorescence-based microscopy
techniques have been developed that are not limited by diffraction
[8,9]. Single-molecule localization microscopy (SMLM) is a super-
resolution technique based on the sequential detection of individ-
ual fluorophores and subsequent midpoint determination with
nanometer precision. All detected fluorophores that label the struc-
ture of interest can result in a single reconstructed image where all
fluorophore locations are plotted with high precision [10].
Techniques that are based on SMLM are PALM (Photoactivated
Localization Microscopy—|[11]), STORM (Stochastic Optical
Reconstruction Microscopy—[10]), dASTORM (direct STORM—
[12]), GSDIM (Ground-State-Depletion and Single-Molecule
return—|[13]), and PAINT (Point Accumulation for Imaging in
Nanoscale Topography—/[14]). In fixed samples (d)STORM pro-
vides the highest resolution and is therefore commonly used to
study the exact architecture of the cytoskeleton beyond the diffrac-
tion limit. One important breakthrough was the discovery of the
periodic actin and spectrin rings in the axon [15]. A major limita-
tion of dSTORM is the limited number of fluorophores compatible
with robust multicolor imaging. Another limitation of dASTORM is
the use of high laser intensities to bring the majority of the fluor-
ophores in a dark-state so that individual molecules can be
detected. This results in overall bleaching of fluorophores and
reduces the amount of detections over time. Additionally, achieving
such high laser intensities often requires illumination of only a small
area of the sample.

PAINT-like methods overcome these limitations. They rely on
the transient binding of fluorophores targeted to the structure of
interest. Weakly interacting probes coupled to a fluorophore will
bind stochastically, serve as point emitter for a limited time and
diffuse back into solution (Fig. 1a) [16]. The imaging solution can
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Fig. 1 Single-molecule localization microscopy (SMLM) by transient binding. (a) Principle of SMLM by transient
binding. From solution, fluorophores targeted by a specific molecule transiently bind to the structure of interest
so that single molecules can be observed. These single-molecule events are recorded through time.
Subsequently midpoint determination and reconstruction lead to a super-resolved image. (b) Schematic
representation of the purification and labeling lifeAct probe with GFP or organic dyes to label actin. Arrow 1
represents purification through proteolytic cleavage. Arrow 2 represents the purification with a GFP as
fluorescent protein. Dashed line with scissors indicates PreScission cleavage site

then be washed and a second structure can be imaged using a
similar or different fluorophore targeted to a different structure.
The overall advantage of this technique lies within the transient
binding. Unlike dSTORM, there is no need for high laser intensi-
ties to bring the majority of fluorophores to a dark state. In addi-
tion, the probes on the target are continuously replaced by fresh
probes from solution resulting in a continuing imaging cycle not
limited by bleaching. Furthermore, PAINT-like SMLM can be
performed using a wide variety of fluorophores for multicolor
imaging.

A limiting factor for PAINT-type approaches is the need for
proper transiently interacting probes. Recently, a generic approach
for PAINT, DNA-PAINT, was introduced in which structures
labeled with an antibody conjugated to single-stranded DNA can
be imaged very specifically with complementary DNA coupled to a
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fluorophore [14]. Alternatively, protein—protein interactions can be
used to target fluorophores to the desired structure. It has been
shown that using small protein fragments/peptides coupled to a
fluorophore, SMLM by transient binding could be performed on
actin and other cytoskeleton structures. The major advantage of
these interactions is that they are highly specific and can rely on very
small probes. Recent work showed that using these transient pro-
tein—protein interactions, the actin cytoskeleton can be visualized in
high detail by lifeAct coupled to an Atto-dye [17]. LifeAct is a small
17-amino acid fragment of the yeast Abpl40 protein that was
found to label actin [18]. Whereas this work used a commercially
obtained synthesized lifeAct probe, we recently developed an
approach to purity the lifeAct peptide, either fused to fluorescent
proteins or conjugated with organic dyes after purification.

Here we describe a step-by-step protocol to purify the lifeAct
domain for super-resolution microscopy. This method allows for
SMLM using either a fused fluorescent protein or using any organic
fluorophore coupled by thiol-maleimide chemistry. For this a con-
struct that consists of “lifeAct-Cysteine-PreScission Cleavage Site-
GFP-6x His” was created, as shown in Fig. 1. To perform SMLM
using the fluorescent protein module (GFP) a rapid his-tag purifi-
cation can be performed. To functionalize the small peptide with
any organic dye, thiol-maleimide chemistry on the introduced
cysteine and subsequent proteolytic cleavage by PreScission prote-
ase can be performed (Fig. 1b). The generation of this versatile
probe can be extended to other protein fragments to label other
structures of interest.

2 Materials

2.1 Purification
and Labeling

All imaging experiments are performed at room temperature unless
indicated otherwise. Solutions are dissolved in ultrapure water
(~18 MQ cm at 25 °C). During purification, buffers and samples
are kept on ice to avoid protein degradation.

1. E. coli BL21DE3 transformed with an IPTG inducible
expression vector for lifeAct-cys-PreScission Site-GFP-6xHis
(see Note 1).

2. Resuspension/lysis Buffer: 20 mM HNa,PO,, 300 mM NaCl,
0.5% glycerol, 7% glucose, EDTA-free protease inhibitor
(Roche Diagnostics GmbH), 1 mM dithiothreitol (DTT), pH
7.4. To a beaker containing a magnetic stir bar, add 100 ml
water, 0.71 g of HNa,POy, 3.5 g of NaCl, 14 g of Glucose, and
1 ml 100% Glycerol. Adjust pH to 7.4 and add water to a final
volume of 200 ml and readjust pH if necessary. Before purifi-
cation add 1 tablet of EDTA-free protease inhibitor (Roche
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Diagnostics GmbH) and 50 pl 1 M DTT per 50 ml of buffer
and incubate on ice.

. Wash Buffer: 10 mM HNa,PO,4, 300 mM NaCl, 30 mM imid-

azole, 1 mM DTT, pH 7.4. Prepare as previous step.

4. Labeling Buffer: 10 mM TCEP in PBS.

10.

11.

12.
13.
14.
15.

16.

. Cleavage buffer: 50 mM Tris-HCI, 150 mM NaCl, 1 mM

EDTA, 1 mM DTT, pH 7.0.

. Elution Buffer: 10 mM HNa,POy4, 300 mM NaCl, 300 mM

imidazole, 1 mM DTT, pH 7.4. Prepare as in the previous step.

. Ni-NTA Agarose beads.
. 10 mM (tris(2-carboxyethyl)phosphine (TCEP)) in PBS.

. AlexaFluor®-Maleimide in anhydrous dimethyl sulfoxide

(DMSO). Dissolve AlexaFluor®-Maleimide in fresh DMSO to
~100 pM or as indicated by the company.

Glutathione-sepharose 4B beads in 20% ethanol (GE Health-
care Life Sciences).

PreScission protease in cleavage buffer + 20% glycerol (GE
Healthcare Life Sciences).

LB Broth.
1 M Isopropyl p-p-1-thiogalactopyranoside (IPTG) in water.
Shaking incubator.

Probe-type Sonicator for cell disruption equipped with a tip
suited for 50 ml tubes.

Cooled Centrifuge (18,000 x 4).

Cultured cells grown on any surface that is compatible with TIRF
imaging: e.g. epithelial cells or neurons plated on glass coverslips
(see Note 2).

1.

o

s IS

Cytoskeleton Buffer: 10 mM MES, 150 mM NaCl, 5 mM
MgCl,, 5 mM EGTA, 5 mM Glucose, pH 6.1 [15].

16% w/v Paraformaldehyde (PFA) dissolved in water.
1x d-PBS.

Fixation Buffer: Cytoskeleton buffer supplemented with 0.5%
Triton-X and 3.7% w /v PEA.

Blocking solution: 3% w/v BSA in d-PBS.

Optional: antibodies for detection of additional structures.

Tweezers.

Mounting chamber.

d-PBS.

Purified lifeAct coupled to a fluorophore.
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2.4 Microscope
Setup

1. Standard inverted fluorescence microscopy equipped with a

high NA objective and a total internal reflection fluorescence
(TIRF) module.

2. Fluorescent filters for imaging GFP or the conjugated
fluorophore.

3. Excitation lasers with the appropriate wavelength.

4. EMCCD camera or CMOS camera, sensitive enough to image
single molecules.

5. SMLM software for super-resolution reconstruction: e.g. DoM
Utrecht (Detection of Molecules, https://github.com
ckatrukha/DoM_Utrecht [19]), QuickPalm, (http://image;.
net/QuickPALM  [20]), Thunderstorm (http://zitmen.
github.io/thunderstorm/, [21]), RapidSTORM (http://
www.super-resolution.biozentrum.uni-wuerzburg.de /
research_topics/rapidstorm/, [22]), NIS Elements (Nikon
instruments).

6. Microscope control via PC and dedicated software, for example
Micromanager (https://micro-manager.org/, [23]).

3 Methods

3.1 Expression
and Passivation
on Ni-NTA Beads

The correct expression and purification protocols vary between the
two different options, i.e. with or without GFP. Because lifeAct
coupled to GFP is highly soluble, standard purification protocols
and buffers are used. For the lifeAct without GFP, the full recom-
binant protein is bound to the Ni-NTA beads and the cysteine
containing lifeAct fragment is cleaved off by PreScission protease
after on-bead labeling. Subsequently free PreScission is captured by
glutathione beads. Full recombinant protein coupled to GFP or the
short lifeAct fragment coupled to an Alexa dye by the maleimide—-
cysteine reaction can be obtained at high yields. However, it should
be noted that the free cysteine, which was introduced in the con-
struct, is prone to form disulfide bonds with other free cysteines in
the samples, resulting in precipitation. To overcome this problem,
reducing reagents like DTT or TCEP are required at all steps. A
detailed step-by-step description of purification follows below.

1. Grow 0.8 | E. coli BL21DE3 containing the lifeAct expression
plasmid to ODy ¢ at 37 °C from an overnight 4 ml culture in
LB. Induce protein expression by addition of 800 pL 1 M
IPTG to achieve a final concentration of 1 mM. Incubate for
3.5 hat 37 °C or 16 h overnight at 17 °C.

2. After induction, transfer the bacteria into a centrifuge compat-
ible bucket and spin at 4000 x g for 30 min at 4 °C. Decant
supernatant carefully and incubate pellet on ice. Resuspend
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bacterial pellet in resuspension buffer supplemented with pro-
tease inhibitors (5 ml/gram bacterial pellet) and transfer to a
50 ml tube.

. To lyse the bacteria, sonicate the bacterial suspension 5 x 1 min

with 5 min intervals on ice. Intermediate to high sonication
powers can be used.

. Following sonication, the soluble fraction of the bacterial sus-

pension can be separated from the insoluble sample fraction
through centrifugation at 18,000 x g at 4 °C for 40 min (see
Note 3).

. During centrifugation wash 1.0 ml of Ni-NTA resin (0.5 ml

Beads) in resuspension buffer. Beads can be centrifuged at
1000 x g for 3 min with slow deceleration. Supernatant can
then be removed by a vacuum pump or pipet and replaced by
resuspension buffer. Repeat the bead wash three times in resus-
pension buffer with 10x the bead resin volume (10 ml).

. To separate the soluble fraction from the insoluble fraction

after centrifugation, transfer the supernatant into a 50 ml
tube to separate it from pellet. Typically, the supernatant of
bacteria is a yellowish solution. However, because lifeAct is
tagged with a GFD, the supernatant can appear more greenish.
The pellet should be brown /yellowish, but can also be greenish
because it can contain some aggregated protein or non-lysed
expressing cells.

. Add the washed Ni-NTA beads to the soluble supernatant and

incubate at 4 °C while gently rolling for 2 h. The His-Tag of the
recombinant lifeAct will bind to the beads.

. After incubation spin the beads at 1000 x g for 3 min with slow

deceleration as described before. The lifeAct-Cys-PreScission-
Site-GFP-6 x His is now bound to the beads. Supernatant con-
taining all other soluble proteins that do not contain a His-Tag
can be discarded.

. Wash the beads three times as described above in wash buffer to

reduce nonspecific interactions of proteins with the beads. The
lifeAct recombinant fragment has 6xHis-Tag which binds
tightly to Ni-NTA. This specific interaction will not be dis-
rupted by the 30 mM imidazole in the wash buffer.

. To obtain the full lifeAct-Cys-PreScissionSite-GFP-6 x His for

SMLM (see Note 4), the recombinant protein can be eluted by
aspiration of the last wash step as described in Subheading 3.1.
Addition of 3.5 ml Elution Buffer results in the elution of the
recombinant His-tagged protein from the beads after 10 min
incubation. Beads can be spun down and the supernatant con-
taining lifeAct-GFP can be collected.
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3.3 Labeling
and Purification
with Organic Dyes

2. The eluted fraction can be used directly for SMLM as described
in Subheading 3.5. For long-term storage, exchange the bufter
to PBS + 1 mM DTT using a buffer exchange column, and add
10% glycerol. Snap-freezing followed by —80 °C storage is
recommended. The purity of the final sample can be deter-
mined by SDS-page. Typically, this approach yields highly
pure samples.

The second mode in which this recombinant lifeAct fragment can
be used is by labeling of the introduced cysteine through a malei-
mide—thiol interaction. The lifeAct-Cys, coupled to the thiol, can
subsequently be cleaved off the GFP-6xHis and further purified.
The overall advantage is that almost all organic dyes and other
chemical modifications are available conjugated to a maleimide.
Therefore it can be used to label the lifeAct-Cys fragment with a
variety of stable fluorophores, resulting in a high photon yield.
Below we describe how the cysteine can be labeled with an
Alexa647 through maleimide coupling on the beads, followed by
cleavage at the PreScission site.

1. After the third wash in wash buffer (Subheading 3.1) wash the
beads three additional times with labeling buffer. Because DTT
contains two thiol groups, it is not compatible with maleimide
coupling. Replacement with of DTT with TCEP is therefore
essential for protein solubility and coupling efficiency.

2. For labeling, aspirate the final wash and transfer the beads into
a 2 ml Eppendorf. Add 1000 pl labeling bufter supplemented
with 80 pl of ~100 pM Alexa647-maleimide (~8 nmol
Alexa647) in DMSO and incubate for 4 h at room tempera-
ture. After incubation add an additional 60 pL ~100 pM
Alexa647-maleimide and incubate overnight at 4 °C. The
maleimide-dye is added in excess and should, if incubation
times are long enough, label almost all free cysteines in the
sample.

3. Remove excess dye after labeling through three 1 ml washes in
Cleavage Buffer. This buffer allows optimal cleavage at the
PreScission cleavage site, releasing lifeAct-Cysteine labeled
with Alexa647 while leaving GFP-6xHis bound to the beads.

4. Cleave lifeAct-Cys-Alexa647 from the Ni-NTA beads by repla-
cing the final wash step with 70 pL PreScission protease in
500 pL Cleavage Buffer for 5 h at 4 °C (or overnight) while
gently rolling.

5. While cleaving, wash 250 pl glutathione beads with cleavage
buffer as described above.

6. Capture PreScission protease on the glutathione beads by addi-
tion of the prewashed beads to the sample. Now, both PreScis-
sion and the GFP-6xHis are bound to the glutathione and Ni-
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NTA beads respectively while lifeAct-Cys-Alexa647 diffuses in
the supernatant.

7. The supernatant containing soluble lifeAct-Cys-A647 can be
collected. The final concentration of the lifeAct peptide can be
determined using the Bicinchoninic Acid (BCA) protein assay
[24]. The labeling efficiency can then be determined by mea-
suring the dye concentration by spectroscopy and application
of Beer-Lambert’s law. Typical concentrations of labeled lifeAct
range from 0.1 to 1 pM (see Note 5).

8. Finally, supplement the sample with a final concentration of
10% glycerol, snap-freeze in liquid nitrogen and store at
—80 °C.

Because in super resolution all details and therefore also sample
errors are visualized, optimized sample preparation and dense label
coverage are essential for a successful final reconstruction. Fixations
and staining protocols that would result in a smooth diffraction
limited image might result in sparsely labeled structures in super
resolution. Sample preparation should therefore be optimized for
each individual structure or co-labeling of multiple structures. The
buffer conditions during fixation also play an important role to
preserve cytoskeletal structures. Whereas microtubule fixations are
preferentially performed in PEMS80 buffer [25], cytoskeleton
buffer is the fixation buffer of choice for actin [15, 17]. Finally,
fixatives should be chosen carefully and such that labeling is not
perturbed and structures are maintained. Actin structures are pref-
erentially fixed by PFA or Glutaraldehyde [26]. Below a simple and
fast sample preparation is described with PFA in cytoskeletal bufter
to preserve the actin network.

1. Pre-warm fixation buffer to 37 °C. Remove the medium from
the cells coated on coverslips and gently add pre-warmed fixa-
tion buffer for 10 min. Triton-X ensures sufficient permeabili-
zation of the cells, resulting in release of cytoplasm which
allows the lifeAct probe to diffuse freely. Simultaneously, PFA
fixes cellular structures like actin.

2. After fixation aspirate the fixation buffer and wash the sample
with d-PBS for 5 min. Even though the samples are fixed, pipet
with care not to perturb the samples. Repeat the wash three
times.

3. After washing, block the sample with blocking solution for at
least 30 min at room temperature. Blocking reduces the num-
ber of unspecific protein—protein interactions reducing the
background signal in the final image.

4. To stain for structures additional to actin, the samples can be
further incubated with antibodies after blocking. Antibodies
compatible with PFA fixation can be diluted in blocking
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3.5 Imaging 1.

solution and incubated on the sample for at least 1 h at room
temperature. Subsequently, the primary antibody incubation
can be stopped by three additional 5-min washes with d-PBS.
Cells can then be incubated with a suitable secondary labeled
antibody in blocking solution to finish the staining for the
desired structure (see Note 6).

. After blocking and optional staining, the samples are ready to

be mounted in d-PBS + DTT (see Note 7). A suitable chamber
that is compatible with the microscope stage can be used. Open
chambers like Ludin chambers for 18 mm round coverslips
provide easy access to the imaging medium and allows for the
addition or dilution of the lifeAct probe during image
acquisition.

Secure a sample on the microscope and select a position of
interest. Before image acquisition can be started, it is important
to select the correct parameters for an optimal super-resolution
image. Focusing before acquisition is important to image the
correct plane of interest. Because the low concentration of
lifeAct used for imaging does not provide a full overview of
the cellular outline a co-transfection or staining of an additional
marker is favorable. Alternatively, an excess of lifeAct conju-
gated to a fluorophore can be added to the sample which results
in a faint outline of the cellular actin structures. If the latter is
applied, the concentration should be strongly reduced through
dilution and bleaching before SMLM acquisition to be able to
visualize single molecules (see Note 8).

. For an optimal super-resolution acquisition carefully take the

following parameters into account. Optimizing each condition

carefully every time can increase the signal-to-noise ratio per

imaging session:

(a) Exposure time. For super resolution based on probe
exchange, the on- and off-rates should guide the exposure
time. Low off rates allow for high exposure times and
collection of more photons. However, a single molecule
binding event should not be obscured by another mole-
cule binding in the vicinity rendering the software unable
to detect them both as separate localizations. The latter
has a higher chance at higher on rates. Therefore, a bal-
anced exposure time is necessary. For lifeAct the reported
half-life on the actin filaments is 23 ms [17] and it is
preferentially imaged with 50-100 ms exposure time.

(b) Laser Power. Laser power and exposure time are co-
dependent on each other and on fluorophore stability.
Fluorescent proteins like GFP are easily bleached com-
pared to organic dyes. It is important that a maximum
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amount of photons is collected from one single molecule
during the selected exposure time. Therefore, laser power
can be varied between probes with higher laser powers for
more stable probes (see Note 7). Because the sample is
crowded with diffusing lifeAct-fluorophore molecules the
laser power should also be kept at moderate levels to
minimize background. Starting at low laser powers and
gradually increasing them usually results in the rapid rec-
ognition of the optimum laser power.

(¢c) Number of collected frames. The more frames can be col-
lected, the better. Reconstruction of a single-molecule
image preferentially relies only on the most accurate loca-
lizations, which can be filtered based on localization pre-
cision. Collecting more frames at optimal settings allows
more stringent filters on localization precision, but care
should be taken to minimize and correct sample drift.
Selecting only the most accurate detection already results
in a full overview of the image with high resolution.
Typically we record 30,000-40,000 frames.

(d) Fluorophore density. SMLM relies on the detection of indi-
vidual fluorophores conjugated to lifeAct that are binding
sequentially. Therefore, lifeAct should be diluted to a
concentration such that in every frame single molecules
can be observed. In 2D and 3D imaging the plane in focus
will be the plane where the point spread function of the
single molecules is symmetrical. For SMLM imaging,
labeled lifeAct is typically diluted to 1-5 nM in d-PBS
(see Note 9).

(e) Laser angle. Total Internal Reflection of the laser at the
coverslip—sample interface results in an evanescent wave of
typically a few hundred nanometers, which prevents exci-
tation of out-of-focus fluorophores. Reducing the inci-
dent laser angle results in a more oblique illumination
field which yields deeper sample penetration and fluoro-
phore excitation. The latter can be favorable because of
imaging depth, but also increases background fluores-
cence. The incident laser angle should thus be adjusted
dependent on required imaging depth and the back-
ground intensity that is acceptable.

The final super-resolution image is created by accumulation of all
single-molecule positions that were acquired during imaging.
Single-molecule positions can be accurately determined by fitting
the PSF to a Gaussian and determine the midpoint. The midpoint
can be localized with nanometer precision based on the width of
the Gaussian. Detection /fitting and subsequent reconstruction of
the super-resolved image is performed by dedicated software
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packages. There are several freely available packages (e.g. DoM
Utrecht [19], RapidSTORM [22], ThunderSTORM [21], Quick-
PALM [20]) or commercially available packages to reconstruct a
super-resolved image.

1.

Detection and fitting of the imaged fluorophores is dependent
on the image parameters as well as on the recorded PSF. The
software usually requires input of the pixel size and several
threshold values like estimated PSF size to exclude abnormal
detections that cannot result from single molecules. The mid-
point of included localizations is then determined with nano-
meter precision by fitting or maximum likelihood estimation.

. The detection and fitting process results in a table that contains

information about all the individual detected fluorophores.
Fluorophore parameters include: the »- and y-coordinate, the
image number in which it was acquired, PSF symmetry (in x
and y), PSF shape, PSF brightness etc.

. Next, reconstruction of the super-resolution image can be

done based on this particle table. All the stored x- and »-
coordinate are used to plot the midpoint of these molecules.
The midpoint can be plotted as a small Gaussian of a constant
size or each midpoint can be plotted as a spot based on its
individual localization error. This localization error can be
calculated from the fitting parameters and used as a threshold.
Fluorophores with more precise localizations can then be plot-
ted as tight spots while less well localized fluorophores are
represented as more spread localizations. Several parameters
should be taken into account while reconstructing the final
image. The pixel size of the reconstructed image should be
selected in such a way that they are at least half the size of the
smallest details according to the Nyquist criterion. Further-
more, the localizations used in the final reconstruction can be
filtered on the localization precision. It should be noted that
filtering too much or selecting a very low pixel size will eventu-
ally result in very sparse localizations. Both these parameters
can be varied and optimized per image to obtain a successful
and informative super-resolution reconstruction.

. Drift correction is a final important step in the analysis. Because

of the nanometer localization accuracy, any drift of the sample
with respect to the objective will be clearly visible in the final
reconstruction. Long imaging times combined with small ther-
mal fluctuations will result in noticeable drift in the final recon-
struction. The available software packages usually support drift
correction based on frame-to-frame cross-correlation of fiducial
markers or cross-correlation of intermediate super-resolution
reconstructions [27, 28]. The fiducial markers can be small
particles like beads that are fixed to the coverslip and do not
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LifeAct-GFP

LifeAct-AlexaFluor647

Fig. 2 Representative super-resolution images obtained using the lifeAct probes. Diffraction-limited
overview (a), super-resolved image (b), and zooms of lifeAct-GFP used on a HelLa cell (fop) or lifeAct-
AlexaFluor647 used on a COS7 cell (bottom). Scale bars in super-resolved images are 5 pm in a and b and
1 um in the zooms

move within the sample. When drift correction based on inter-
mediate super-resolution reconstructions is applied, a frame
interval should be chosen in such a way that the images can be
correctly correlated and drift can be detected (see Note 9).

5. An example of a successful super-resolution reconstruction of
actin, imaged with either GFP or Alexa647 coupled to lifeAct is
shown in Fig. 2.

4 Notes

1. The amino acid sequence of the lifeAct-cysteine- PreScission-
Site-GFP-6xHis construct is
MGVADLIKKFESISKEEGSGSCEFLEVLFOQGPVSKGEEL
FTGVVPILVELDGDVNGHKFSVSGEGEGDATYGKLTLK
FICTTGKLPVPWPTLVTTLTYGVQCESRYPDHMKQHDF
FKSAMPEGYVQERTIFFKDDGNYKTRAEVKFEGDTLVRI
ELKGIDFKEDGNILGHKLEYNYNSHNVYIMADKQKNGI
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KVNFKIRHNIEDGSVQLADHYQQNTPIGDGPVLLPDNH
YLSTQSKLSKDPNEKRDHMVLLEFVTAAGITLGMDELYK
LEHHHHHH

. Identitying cells of interest. Because low concentrations of life-

Act do not provide a full overview of the cellular structures, a
fill or other cellular marker can be expressed to identify cells of
interest.

. Optimizing protein yields.

(a) A greenish bacterial pellet usually indicates sufficient
expression.

(b) During each step samples for SDS page can be taken to
determine the presence of recombinant protein.

(c) Release of soluble protein after lysis can be increased by
the addition of small amounts of lysozyme to weaken the
bacterial cell wall.

(d) Opverall low soluble protein levels can occur because the
recombinant lifeAct can enter into inclusions bodies at too
high concentrations. This can be prevented by reducing
induction time to only a few hours at 20 °C. In addition,
DTT concentration can be increased to prevent disulfide-
bond formation after lysis.

. Alternative construct for fluorescent protein imaging only.

When lifeAct is only used conjugated to GFP or other fluores-
cent proteins, removal of the cysteine and PreScission site could
result in higher solubility and protein yields.

. In case of low labeling efficiency of lifeAct-Cysteine:

(a) Measure the amount of labeled lifeAct by BCA assay and
the concentration of labeled lifeAct as described in Sub-
heading 3.4. When the protein concentration is much
higher than the concentration of the fluorophore, the
sample is most likely unsaturated due to an inefficient
maleimide—thiol reaction or because too little dye was
added during the reaction. In the latter case, repeat the
purification with an increased dye concentration. The
fluorophore to lifeAct-cysteine ratio should be 10-20.

(b) In case of poor reaction efficiency, also check the pH of the
buffers. Furthermore, make sure that DTT is washed from
the solution and that TCEP exceeds the protein concen-
tration approximately tenfold to reduce unwanted disul-
fide bond formation of the available cysteines.

. Alternative protocol for multicolor super resolution:

(a) Alternative to the protocol described in Subheading 3.4
an extraction and fixation protocol more optimal for co-
staining with microtubules can be used. In Short: pre-
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extract in 0.25% glutaraldehyde + 0.3% Triton-X in
PEMSO0 for 1 min (37 °C). Replace pre-extraction with
4% PFA in PEMS80 (37 °C) for 7 min. Proceed with
washing as described in Subheading 3.4 and add an extra
permeabilization step of 0.25% Triton-X in d-PBS for
8 min followed by three more washes and blocking. Use
primary labeled antibodies or nanobodies against tubulin
to speed up the staining process [19].

(b) Secondary antibodies can be labeled with a variety of
functionalized probes. When super-resolution imaging
of actin by lifeAct needs to be combined with ASTORM
super-resolution imaging of the second structure,
Alexa647 is the best label to be used on the secondary
antibody. Alexa647 has rapid blinking properties in PBS
supplemented with glucose oxygen scavenger [25].
LifeAct-based protein-PAINT is compatible with this
buffer.

. The rapid blinking properties make Alexa647 extremely suit-
able for dASTORM. However, when lifeAct-Cysteine is used for
PAINT-like super resolution through transient binding a more
stable fluorophore is required. Labeling lifeAct-Cysteine with
other organic dyes might result in a higher photon yield.
Alternatively, addition of methylviologen (MV) and ascorbic
acid (AA) in the imaging buffer will stabilize Alexa647 signifi-
cantly [29, 30]. Concentrations of MV and AA can be varied
between 50 pM and 1 mM to optimize photon yield and
binding properties.

. Cell morphology and structures appear to be affected after
fixation. Handle samples carefully. Samples are very fragile
during extraction and fixation. Always pipet at the sides of the
dish and not directly on the sample because sheer stress can
perturb the cell integrity even when fixed. Take extra care while
handling samples that are sensitive to fixation techniques like
neurons and thick samples.

. Super-resolution reconstruction is unclear:

(a) SMLM relies on the localizations of truly individual fluor-
ophores. Too little localizations will result in a dotty image
that can be enhanced by an increase of the pixel size. This
will increase the amount of localizations per pixels. How-
ever, labeling density can also be too high. When two
fluorophores emit light too close together the PSFs will
obscure each other and result in mislocalization and poor
localization errors. False and poorly localized detections
will result in a loss of details.

(b) Adjust drift interval and other parameters of drift correc-
tion. Incorrect drift correction can be clearly visible as a
jumped image but sometimes also more subtle as a blurry
reconstruction.
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Chapter 10

Fluorescence Microscopy of Nanochannel-Confined DNA

Fredrik Westerlund, Fredrik Persson, Joachim Fritzsche,
Jason P. Beech, and Jonas 0. Tegenfeldt

Abstract

Stretching of DNA in nanoscale confinement allows for several important studies. The genetic contents of
the DNA can be visualized on the single DNA molecule level and both the polymer physics of confined
DNA and also DNA /protein and other DNA/DNA-binding molecule interactions can be explored. This
chapter describes the basic steps to fabricate the nanostructures, perform the experiments and analyze the
data.

Key words DNA, Nanochannels, Single molecule, Fluorescence

1 Introduction

Single DNA molecules stretch spontaneously in nanochannels due
to the confinement. The stretching is entirely passive and thus no
active application of force is required apart from the driving force to
move the DNA into the nanochannel. Therefore, in contrast to
flow stretching or stretching using optical tweezers, no chemically
attached anchor groups are needed. The first study of DNA in
nanochannels was presented in 2004 [1] and since then the field
has been growing vastly with applications in several different areas
of research.

There are a few important parameters to consider when dealing
with confined DNA:

1. Contour length—total length of the DNA backbone, here
denoted L.

2. Persistence length—length-scale over which the DNA can be
considered a rigid rod, here denoted P

3. Effective width—a measure of the width of the DNA, com-
posed of the physical width of the DNA (~2 nm) and an
electrostatic contribution [2]. The effective width is here
denoted W

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
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When along DNA molecule is free in aqueous solution it forms
a coil, often characterized by its radius of gyration (Rg). When
confined in a tube-like channel with an average cross-sectional
diameter D,, smaller than Rg, the DNA stretches out along the
length of the channel. As long as the diameter of the channel is
larger than P, the DNA can backfold and adopt an elongated coiled
up conformation. In this regime, commonly denoted the deGennes
regime, the DNA can be modeled as a series of non-interacting
blobs, where the DNA inside each blob behaves as it would in free
solution. This leads to an extension, 7, of the DNA along the

channel of [3]:
Vs
7 Weg P
L=\ n

Fabricated nanochannels are more commonly rectangular in
cross section. Here, D2, the parameter relating to the diameter of
the tube, can be replaced by the geometric average of the height,
Dy, and the width, D5, of the rectangular channel, D‘fv = D, D, for
Dy ~ D, [4]. For situations where D < Pthe DNA molecule cannot
fold back on itself and its extension can be described by a model
developed by Odijjk [5]. This is relevant for DNA in very small
channels, but also in studies of protein~DNA interactions where
the resulting protein—-DNA complex has an increased persistence
length [6]. The extension, 7, of the DNA along the channel is here
(B~0.091 [7]):

2 2
’ D, D,
—=1-B|[Z& =2

P P

From an experimental point of view it is important to note that
in both models 7 scales linearly with L. This means that a position
along the stretched DNA can be directly related to a position along
the contour of the DNA, i.e. the sequence, with a resolution
primarily determined by the degree of stretching and the optics of
the microscope. While the simple expressions above give adequate
accuracy for designing a nanochannel device, recent improved
understanding makes it possible to predict the behavior of the
confined DNA with much better accuracy [8, 9]. Note however
that not only the geometry of the confinement but also the buffer
conditions have a strong influence on the behavior of the DNA. For
further insight regarding the polymer physics of confined DNA the
authors recommend refs. [10-12]. There is also a vast literature on
general polymer theory, notably the books by deGennes [13], Doi
and Edwards [14], and Rubinstein and Colby [15].
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The first experimental studies of DNA in nanochannels were
devoted to studies of DNA conformation and dynamics [1, 11, 16,
171, and to single-molecule studies of DNA—protein interactions
[18, 19]. Since these first experiments the field has expanded in
three main directions. Studies of the polymer physics of DNA have
provided novel, more accurate theories about how DNA behaves in
confinement [9, 20-22]. DNA-protein interactions have
continued to receive significant attention with a main focus on
proteins that change the physical properties of DNA [23]. Exam-
ples include RecA that forms a stiff filament on DNA [6], H-NS
that compacts DNA [24] and T4 ligase that forms transient DNA
links [25]. Optical DNA mapping is the third main direction of
studies of DNA in nanochannels that has increased vastly during the
last years [26, 27 ]. Optical DNA mapping has been commercialized
by BioNanoGenomics, and the goal of this technique is to visualize
the structure of the genetic sequence of large (several hundred
kilobasepairs) single DNA molecules. To do this, the DNA has to
be sequence-specifically labeled and this is done in two main differ-
ent ways. One way is to use enzymes to attach fluorophores at
specific sequences [28, 291, while the second relies solely on non-
covalent interactions between DNA and fluorophores as described
below [30, 31]. Finally, in analogy to standard gel electrophoresis,
the nanochannels can be used to merely measure the length of
DNA fragments. This may be used to size plasmids [32], and in
combination with restriction enzymes for restriction mapping [19].

2 Materials

2.1 Fabrication
of Chips

There are a multitude of ways to fabricate nanostructured chips
depending on the facilities and equipment available (see Note 1)
[33]. We present two fabrication schemes here, one based on fused
silica and one on silicon.

For fabrication in fused silica the following is needed:

1. Fused silica wafers. (Available from Hoya Corporation).

2. 110 pm thick fused silica coverslips for sealing of the chips. The
thickness is optimized for compatibility with oil immersion
objectives. (Available from Valley Design.)

3. Access to cleanroom equipment for photo (UV) and electron-
beam (e-beam) lithography and reactive ion etching (RIE) as
well as standard resists (e.g. AZ (photo lithography) and ZEP
(e-beam lithography) resists) and chemicals from any large
supplier.

For fabrication in silicon the following is needed:

1. Silicon wafers. (Available from SiMat).
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2.2 Chemicals

2.3 Buffers

2.3.1 Buffer for DNA
Experiments

2.3.2 Protocol for
Preparing 1 L 5x TBE
Buffer

2. 170 pm-thick borosilicate coverslips for sealing of the chips.
The thickness is optimized for compatibility with oil immersion
objectives. (Available from Valley Design.)

3. Access to cleanroom equipment for photo (UV) and electron-
beam (e-beam) lithography and reactive ion etching (RIE) as
well as standard resists (e.g. AZ (photo lithography) and ZEP
(e-beam lithography) resists) and chemicals from any large
supplier.

Two important additives are f-mercaptoethanol (BME) (see Note
2) for suppression of photobleaching and polyvinylpyrrolidone
(PVP) (see Note 3) for suppression of electroosmosis when using
electrophoresis. Note that genomic length DNA should be handled
with wide-orifice pipettes to avoid shear-induced breakage
(provided by e.g. Molecular Bioproducts).

Tris-Borate-EDTA (TBE) is a standard bufter for DNA studies,
especially for electrophoresis due to its low conductivity that
ensures a low degree of Joule heating (as the borate is a suspected
CMR (carcinogenic, mutagenic or toxic for reproduction), TAE is
an alternative that is often used, see Note 4). TBE buffer consists of:

1. Tris (tris(hydroxymethyl)aminomethane): Buffering agent for
slightly basic conditions (pH = 7.9).

2. Boric acid: Weak acid that improves the buffering capabilities of
Tris.

3. EDTA (Ethylenediaminetetrancetic acid): Chelating agent that
scavenges multivalent metal ions, in particular magnesium
(Mg?*). Since multivalent metal ions are common cofactors
for many enzymes, like nucleases that digest DNA, the removal
of these ions will prevent enzymatic degradation of DNA.

1. Prepare 0.5 L of 0.5 M EDTA solution by weighing out
93.06 g of disodium EDTA (372.24 g/mol) and adding it to
350 mL of water (se¢ Note 5). EDTA will not go into solution
until pH is adjusted to 8.0. Add NaOH pellets to the solution,
one by one, while stirring vigorously on a magnetic stir plate.
Monitor solution pH using a digital pH meter so as not to
overshoot. Bring the final solution volume to 0.5 L with water.

2. Prepare a 5x TBE solution by adding 20 mL of 0.5 M EDTA
solution from item 1, 54 g of Tris (121.1 g/mol) and 27.5 g of
boric acid (61.8 g/mol) to 800 mL of water. Then adjust pH
to 8.0-8.5 by adding HCI while monitoring pH. Bring final
solution volume to 1 L with water.

3. Autoclave buffer.
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The stock buffer can be diluted to any arbitrary ionic strength.
For the following steps, 0.5 x TBE bufter is used as an example.
Note that the stretching of confined DNA varies significantly
with ionic strength [34] and for particular applications, such as
DNA mapping, the DNA should be stretched out as much as
possible and hence a low ionic strength buffer is used.

. Dilute the 5x TBE buftfer ten times. Then use a syringe with a

0.2 pm filter to aliquot approximately 1.2 mL of buffer into a
large number of 1.5 mL microcentrifuge tubes. Store these
tubes in the refrigerator for future use. Degas the tubes at
least 2 h prior use. The final 0.5x TBE solution contains
44.6 mM Tris, 44.5 mM boric acid, and 1 mM EDTA and
has an ionic strength of approximately 15 mM at pH 8.5.

2.3.3  Protocol for Always use wide-ovifice pipette tips to handle DNA solutions.

Staining 1 mL of 10 pg/mL
DNA at a Dye:bp Ratio
of 1:10 in 0.5x TBE Buffer

1.

Create 250 pL of 50 pg/mL solution of DNA in 0.5x TBE (see
Note 6).

. Pipette 769 pL of 0.5x TBE buffer into a separate 1.5 mL

microcentrifuge tube.

. Pipette 47.5 pL of 0.5x TBE buffer into a 0.65 mL tube. Add

2.5 pL of YOYO-1 from the stock solution (1 mM). This
creates a 50 pM dye solution. Work in low light from now on
to avoid bleaching of the dye.

. Pipette 31 pL of the 50 pM dye solution from item 3 into the

buffer-filled tube from item 2. This creates a solution with a
dye concentration of 1.55 pM. Vortex and centrifuge the solu-
tion to evenly distribute the dye.

. Pipette 200 pL of DNA from item 1 into the buftfer filled tube

from item 4. Do NOT ever vortex or centrifuge solutions
containing DNA—that will fragment the DNA. In order to
mix the DNA, use a wide-orifice tip and gently pipette a part of
the solution a minimum of three times while evenly distribut-
ing the ejected solution throughout the tube.

. To evenly distribute the dye throughout the population of

molecules, wrap the tube in aluminum foil and heat the solu-
tion to 50 °C for 3 h and then store at 4 °C. An alternative for
efficient equilibration is to prepare the samples at high ionic
strength (5x TBE), where equilibration is fast, and subse-
quently dilute the sample to the desired ionic strength [35].

To obtain an optical map of the DNA or to study DNA—protein

interactions, more intricate sample preparations are needed (see
Notes 7 and 8).

1.

Mix 485 pL of degassed buffer with 15 pL of BME (see Note 9)
in a 0.65 mL microcentrifuge tube. BME will collect at the



178 Fredrik Westerlund et al.

Table 1

Selection of commercially available DNA molecules

Name Length (kbp) Supplier

A-DNA 48.5 New England Biolabs
A-DNA concatamers (in gel) 485 x n(n=1~20) New England Biolabs
Yeast DNA (in gel plug) ~10-500 New England Biolabs
T4GT7-DNA 166 Nippon Gene
Charomid 9 (circular) 19.7-42.2 Nippon Gene

T7 39.9 Yorkshire Bioscience

2.3.4  Protocol for
Preparing 400 uL Loading
Buffer and 100 uL DNA in
Loading Buffer

2.4 DNA Samples

2.5 Fluorescence
Microscopy

bottom of the tube, so mixing by pipetting and /or vortexing is
essential at this stage. Note that vortexing should #ot be per-
formed after the DNA has been added. Below we will refer to
this as the loading buffer.

2. Pipette 95 pL of the loading bufter into a 0.65 mL microcen-
trifuge tube.

3. Add 5 pL of the 10 pg/mL solution of stained DNA using
wide-orifice pipettes. Mix the solution very gently with the
pipette. Work in low light to protect the DNA, and wrap the
tube in aluminum foil once the DNA-solution is made. Below
we will refer to this as the DNA loading sample.

In order to characterize the experimental techniques, it is necessary
to use monodisperse DNA. There are a few different purified
monodisperse DNA solutions commercially available, and using
restriction enzymes different size distributions can be obtained.
Table 1 lists a few common examples of commercially available,
purified and monodisperse DNA.

For a thorough introduction to microscopy the authors recom-
mend the MicroscopyU website from Nikon (www.microscopyu.
com), especially the tutorial section on fluorescence microscopy
(www.microscopyu.com/articles /fluorescence /index.html),  as
well as ref. [36].

Due to the low light levels and the risk of photodamaging the
DNA, the optical system must be designed to maximize photon
detection probability and signal-to-noise ratio. Key considerations
are:

1. High-quality filters with high transmission (~90%) in the wave-
length region relevant for the dye used and low transmission in
the rest of the spectrum, corresponding to a high optical den-
sity (OD > 5).


http://www.microscopyu.com
http://www.microscopyu.com
http://www.microscopyu.com/articles/fluorescence/index.html

2.6 Addressing
the Chip
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2. Objectives (40-100x) with high numerical apertures (NA).
Oil immersion objectives readily achieve NA of 1.4 and are
perfectly suited for devices sealed with standard coverslips
with a thickness of 170 pm. To combine a good NA and a
large WD, a 60x water immersion objective with an NA of 1.0
and a WD of 2 mm, originally designed for electrophysiology
by Nikon, can be used. This provides sufficient clearance in
situations when normal cover glass cannot be used.

3. A detector with high quantum yield (QY) and low noise.
Electron-multiplying CCDs (EMCCD) have an integrated
noise-less amplification on the CCD chip. As opposed to inten-
sification technologies based on multichannel plates, the
EMCCD is not easily damaged by excessive light levels. The
EMCCD can be back-thinned to allow for a QY approaching
90-95% over the visible spectrum. Less expensive EMCCDs
are not back-thinned and thus suffer from QY that are roughly
a factor of 2 lower. To minimize thermal noise the EMCCD is
normally cooled to —50 to —100 °C in modern cameras.
EMCCD cameras are available from e.g. Andor, Photometrics,
and Hamamatsu.

See Notes 10 and 11 for examples of additional optical tools
and technologies.

The two most common ways of manipulating DNA in fluidic
systems are by electrophoresis or pressure-driven fluid flow. In
order to have both these capabilities, a chip holder with both
electrical and air pressure connections to internal reservoirs can be
used [30]. The holder can be fabricated in Lucite®™ (PMMA),
allowing the sample to be illuminated from the top and making it
easy to detect bubbles trapped in the reservoirs in the chip holder.
However, Lucite® has poor resistance to solvents, as it swells and
dissolves easily. For experiments involving more aggressive solvents,
a holder made in PEEK (PolyEtherEtherKetone) is more suitable,
but then the holder is opaque.

An updated holder design is shown in Fig. 1. It has a modular
design where the chip is glued to a plastic frame that is readily
mounted in the stage adapater. This way the integrity of the chip
is better protected as compared to previous designs.

Pumps are needed for controlling DNA using pressure-driven
flow. Standard diaphragm pumps capable of producing pressures of
up to 5 Bar are sufficient in most cases (available from VWR). When
using pressure-driven flow the pressure is routed through a network
of valves giving the possibility of applying pressures to selected
reservoirs while others are kept at ambient pressure. To control
the pressure, a needle valve can be used as a leak valve, which
enables the pressure to be controlled with an accuracy of down to
+2 mBar. Accessories such as for example manifolds, needle valves,
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Fig. 1 Example of chuck for mounting samples. Modular design with separate parts for frame and fluidics. The
device chips are mounted in plastic holders for easy handling. Eight reservoirs linked by o-rings to the fluidic
access holes on the chip. Reservoirs are individually addressable by pressure and electrical connections.
(LEFT) Top view. Device chip is not mounted. (R/IGHT) Bottom view with mounted device chip

2.7 Data Analysis

and tubing to direct and control the pressure are available from
Cole Parmer. Note that by using nitrogen as a driving gas, the
oxygen in the sample buffer is depleted and photobleaching and
photodamage is minimized.

When using electrophoresis to control the DNA, a power supply

and electrodes are needed. Platinum wires dipped into the DNA
solution in the reservoir are often sufficient as electrodes. The elec-
trophoretic mobility of DNA is on the order of 1 pm/s per V/cm.

Commonly used software packages for data analysis are:

1. ImageJ—A Java™-based freeware image processing and analy-

sis software developed at the National Institutes of Health,
USA (http://rsbweb.nih.gov/ij/). The software benefits
from the extensive use of open-source plugins developed by
users. Plugins from the Image] Cookbook are recommended
(https: //imagej.net/Cookbook).

. MatLab—A common high-level technical computing language

from The Mathworks™,

. FreeMat—Open-source freeware available at http://freemat.

sourceforge.net/

. GNU Octave—Freeware available at http://www.gnu.org/

software /octave /

Data analysis in optical DNA mapping is more intricate than

simply determining the sizes of DNA molecules (see Note 12).

3 Methods

A careful design of the DNA-visualization device is crucial for its
user-friendliness. Typically, two or four U-shaped inlet channels


http://rsbweb.nih.gov/ij/
https://imagej.net/Cookbook
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3.1 Design and
Fabrication of Chips

3.1.1 Design

3.1.2 Fabrication

3.1.3 Definition
of Alignment Marks
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(50 pm x 1 pm, each connected to two reservoirs) for efficient fluid
transport are combined with nanoscale channels for stretching of
the DNA. In this way the sample can be transported quickly
through the large channels to the entrance of the nanochannels
by applying a driving force across the microc