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Preface

Life scientists have been brought up for ages with the idea that life is driven, directed, and
shaped by biomolecules, working on their own or in concert. Only over the past three
decades it has become possible to study the properties of molecules in ultimate isolation:
individual molecules. Technical breakthroughs in the field of sensitive fluorescence micros-
copy have made it possible to observe single fluorescent molecules and measure their
properties. Other researchers have developed optical tweezers into a method to measure
the mechanic properties of single molecules. Around the same time atomic force microscopy
has been developed, with a spatial resolution good enough to resolve single biomolecules.
Together, these techniques (and several other ones) have been applied more and more to the
study of biologically relevant molecules, such as DNA, DNA-binding proteins, and motor
proteins. These single-molecule approaches have led to new views into how biomolecules
bring about biology, but also to novel insights in the way physical and statistical principles
underlie the behavior and mechanism of biomolecules. By now, single-molecule tools are
slowly becoming commonplace in molecular biophysics, biochemistry, and molecular and
cell biology. This is not only thanks to their success, but also thanks to their accessibility: in
the beginning these tools were solely developed and custom-built by (bio)physicists, and
now commercial tools are becoming available. We foresee that this trend will prevail and
single-molecule tools will play an even more prominent role in molecular biology.

The aim of Single Molecule Analysis is to provide a broad overview of single-molecule
approaches applied to biomolecules on the basis of clear and concise protocols. In addition,
we provide a solid introduction to the most widely used single-molecule techniques. The
idea is that these introductions, together with the protocols, provide enough basis for
nonspecialists to make the step to single-molecule experiments. The protocols contain a
“Notes” section, in which the authors provide tips and tricks, rooted in experience, that are
often decisive between failure and success.

In this second edition of Single Molecule Analysis several of the chapters (Chapters 1, 2,
5, 10, and 14) are updated from the first edition, while most chapters are completely new,
highlighting the fast and exciting developments in the field. The volume opens with four
chapters that mostly deal with optical tweezers. In Chapter 1, a general overview of the
method is provided. In the next chapters, protocols of applications of optical tweezers to
studies of DNA/RNA (Chapter 2), protein folding (Chapter 3), and motor proteins
(Chapter 4) are presented. The second part of the volume (Chapters 5–12) deals with
single-molecule fluorescence tools. First a general overview of these techniques is provided
(Chapter 5), followed by protocols for fluorescent labeling of proteins (Chapter 6). In the
following chapters, applications to motor proteins and membrane proteins in vivo (Chapters
7 and 8), super-resolution methods (Chapter 9), combinations with microfluidics (-
Chapter 10), and the deployment of advanced fluorescence modalities like polarization
(Chapter 11) and Förster resonance transfer (Chapter 12) are presented. The next part of
the volume deals with atomic force microscopy (Chapters 13–15). Also this part opens with
a general overview of the approach (Chapter 13), followed by protocol chapters describing
applications to DNA and DNA-binding proteins, including combinations with fluorescence
microscopy (Chapter 14), and applications to viruses (Chapter 15). In the following
chapters of the book magnetic tweezers (Chapter 16) and tethered particle motion
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(Chapter 17) are described, followed by two very new techniques acoustic force spectros-
copy (Chapter 18) and centrifugal force microscopy (Chapter 19).

I have taken care to provide another broad and thorough overview of the exciting and
still emerging field of single-molecule biology in this second edition of Single Molecule
Analysis. It is unavoidable that there is some overlap between the chapters. Furthermore,
it will be very likely that within a few years new techniques will emerge that are not discussed
here. Nevertheless, I hope that the presented protocols will be useful to many researchers,
inspire them, and help them to go single molecule!

Amsterdam, The Netherlands Erwin J.G. Peterman
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AIDA LLAURÓ � Department of Physiology & Biophysics, University of Washington, Seattle,

WA, USA
JOOST VAN MAMEREN � Institute of Physics, University of Amsterdam, Amsterdam,

The Netherlands
PIERRE MANGEOL � Nanobiophysics, ESPCI Paris, Paris, France; UMR7288 CNRS/
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Optical Tweezers



Chapter 1

Introduction to Optical Tweezers: Background, System
Designs, and Commercial Solutions

Joost van Mameren, Gijs J.L. Wuite, and Iddo Heller

Abstract

Optical tweezers are a means to manipulate objects with light. With the technique, microscopically small
objects can be held and steered, while forces on the trapped objects can be accurately measured and exerted.
Optical tweezers can typically obtain a nanometer spatial resolution, a picoNewton force resolution, and a
millisecond time resolution, which makes them excellently suited to study biological processes from the
single-cell down to the single-molecule level. In this chapter, we will provide an introduction on the use of
optical tweezers in single-molecule approaches. We will introduce the basic principles and methodology
involved in optical trapping, force calibration, and force measurements. Next we describe the components
of an optical tweezers setup and their experimental relevance in single-molecule approaches. Finally, we
provide a concise overview of commercial optical tweezers systems. Commercial systems are becoming
increasingly available and provide access to single-molecule optical tweezers experiments without the need
for a thorough background in physics.

Key words Optical tweezers, Optical trap, Radiation pressure, Single molecule, Trap stiffness calibra-
tion, Force spectroscopy, Instrument design, Commercial optical tweezers, Molecular motors, DNA–
protein interactions

1 Introduction

1.1 History of Optical

Tweezers

At the heart of optical tweezers techniques is the interaction
between light and matter. The minute forces that are generated in
this interaction can be used to displace and trap microscopic
objects. In 1970, Ashkin laid the foundations for present-day opti-
cal tweezers techniques. At Bell labs, Ashkin observed that micron-
sized latex spheres (beads) were attracted toward the center of an
argon laser beam of a few mW power [1]. It is this attractive force
that makes optical trapping possible. Ashkin also observed, how-
ever, that the laser light scattered and propelled the beads forward.
By using two counter propagating beams he managed to avoid
forward propulsion, and thus created the first stable optical trap
for beads suspended in water. It was not until 1986 that Ashkin

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
vol. 1665, DOI 10.1007/978-1-4939-7271-5_1, © Springer Science+Business Media LLC 2018
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together with Chu and others demonstrated the present form of
optical tweezers that uses a single, tightly focused laser beam to stably
trap particles—of diameters between 25 nm and 10 μm—in three
dimensions (see Fig. 1, left) [2]. Later on, Chu and others used
techniques inspired by optical tweezers to trap and cool atoms,
which brought him the 1997 Nobel Prize in physics [3, 4].

1.2 Optical Tweezers

in Biology

Currently, optical tweezers have found widespread applications in
biology [5–8]. One of the important reasons for the success of
optical tweezers in biology is that it provides biological scientists
with “microscopic hands” to manipulate biological objects and feel
or exert forces, yet with the same low level of invasiveness as light
microscopy techniques. Furthermore, the length scales, time scales,
and force scales accessible to optical tweezers are biologically rele-
vant from the single-cell down to the single-molecule level. In
1987, Ashkin presented the first applications of optical tweezers
in biology by manipulating individual viruses and living bacteria
[9]. By a correct choice of laser power and wavelength, photo-
damage to biological samples could be minimized, which allowed
trapping and manipulation of single living cells [10]. Since the late
eighties, optical tweezers approaches have been extended down to

focused laser

trapped
particle

restoring
force

forward scattered light
is deflected

external
force on
trapped
particle

focused laser

Fig. 1 Schematic of optical trapping. Left: a tightly focused laser beam (cone)
attracts refractive objects (dark sphere) such as glass beads, nanoparticles, or
even whole cells to its focus. Right: external forces pushing or pulling on the
particle slightly displace it from the center of the focus, leading to a slight
deflection of the forward scattered laser light. This deflection forms the basis for
quantitatively detecting the forces and displacements experienced by the
trapped object
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the single-biomolecule level [11–22]. In these single-molecule
studies, the biomolecules of interest are not themselves trapped
directly, but are manipulated through optically trapped microbeads
that act as handles and force transducers. A large fraction of this
single-molecule work includes the study of the activity of individual
motor proteins [11, 15, 22]. With optical tweezers, the motion and
forces generated by these motor proteins have been studied and
controlled to reveal their dynamics and energetics (Fig. 2, top).
Another important area of research includes the study of biopoly-
mers such as DNA [7, 14, 18, 23, 24]. In these experiments, the
DNA molecule is attached to one or more optically trapped beads,
which allows stretching the molecule and studying its mechanical
properties through force spectroscopy (Fig. 2, bottom). In addi-
tion, this layout has been used to study proteins and DNA–protein
interactions [13, 17, 21, 25–27]. A wide range of DNA–protein
interactions affects the structure of DNA, and thus the (force-
dependent) length of the DNA molecules. In optical tweezers
these length changes can be observed by measuring the displace-
ments of the microbeads. Examples include the study of DNA-
binding proteins and the activity of DNA and RNA polymerases.

Fig. 2 Prototypical single-molecule optical tweezers assays. Top: a single kinesin
motor protein bound with its two heads to an optically trapped bead moves along
a surface-immobilized microtubule track. Its 8-nm steps, the forces exerted and
the mechanics of the stepping has been elucidated in such assays. Bottom: DNA
suspended between two optically trapped beads

Introduction to Optical Tweezers 5



Over the last decade, the impact of optical tweezers in biology
has further expanded due to their integration with other experi-
mental techniques. This includes their combination with multi-
channel microfluidics, which not only enhances experimental
throughput but also provides in-situ control of more complex
multistep biological processes [28, 29]. Most notably, the combi-
nation of optical tweezers with the rich arsenal of fluorescence
techniques has enabled optical tweezers analyses to venture far
beyond strictly mechanical measurements [8, 28, 30].

With the advent of commercial optical tweezers systems in recent
years, this powerful single-molecule technique is approaching matu-
ration and is becoming more and more accessible to a wide range of
biological scientists. As with the development of commercial fluores-
cence and AFM techniques, it is to be expected that commercial
optical tweezers will greatly contribute to our knowledge of biology
on the single-molecule level. As a final motivation to read more
about optical tweezers: in an interview with Physics Today, Nobel
Prize winner Steven Chu said that he would not be surprised if in the
coming decennium another Nobel Prize would be attributed to
groundbreaking discoveries in molecular biology facilitated by opti-
cal tweezers or other single molecule techniques [31].

2 Principles of Optical Tweezers Techniques

The basic physical principle underlying optical tweezers is the radi-
ation pressure, exerted by light when colliding with matter. For
macroscopic objects, the radiation pressure exerted by common
light sources is orders of magnitude too small to have any measur-
able effect: we do not feel the light power of the sun pushing us
away. However, for objects of microscopic dimensions (<100 μm)
the radiation pressure of high-intensity light sources is sufficient to
facilitate optical trapping.

2.1 Forces in an

Optical Trap

When photons enter an object that has a different refractive index
than its surrounding medium, part of the momentum of the
photons can be transferred to this object. This transfer of momen-
tum is the physical principle that underlies optical trapping (see
Fig. 1, right). The forces exerted by photons on an optically
trapped object can be divided into two components: the scattering
force that pushes the object away from the light source, and the
gradient force that pulls the object toward the region of highest
light intensity. The correct physical description of optical trapping
depends on the size d of the trapped object in comparison to the
wavelength λ of the trapping light. In the regime d � λ one speaks
of the “ray-optics” regime, while the regime where d � λ is called
the Rayleigh regime. In biological experiments where micrometer-
sized objects are trapped, the correct description is often in between

6 Joost van Mameren et al.



these two regimes, such that neither description is quantitatively
accurate. To provide a qualitative understanding of optical
trapping, we will here describe the forces in the more intuitively
interpretable ray-optics regime. In the ray-optics regime, the
trapping force can be understood in terms of refraction of light
rays between media with different indices of refraction [32]. Fig-
ure 3 qualitatively depicts the origin of the trapping forces in this
regime. The lateral gradient restoring force (Fig. 3a) can be under-
stood as follows. If rays p1 and p2 have different intensity, the
momentum changes of these rays (Δp1 and Δp2, respectively) differ
in magnitude, causing a net reaction force on the refracting
medium in the direction of highest intensity. The x-projection of
this force, Δpx, tends to counteract a displacement from the laser
beam axis, pulling the particle toward the center of the beam. The
axial gradient force is similarly caused by momentum transfer upon
refraction, resulting in a restoring force towards the focus, as in
Fig. 3b. The scattering force (not depicted) would cause the object
to be propelled out of the focus, along the positive z-direction. The
object is stably trapped only if the scattering force along the positive
z-direction is compensated by the gradient force along the negative
z-direction. To achieve this, a significant fraction of the incident
light should come in at large angles, calling for a tightly focused
trapping light source, typically obtained by using a microscope
objective.

p '2 p '1

p2p1

dp1

dp2

-dp1
-dp2

dpx

a

dpz

-dp1 -dp2

b

p2p1

p '2

dp2

lateral trapping force axial trapping force

p '1

dp1

Fig. 3 Forces on an optically trapped particle in the ray-optics regime. (a) Lateral gradient force of a Gaussian
laser beam profile. (b) Axial gradient force towards the focus of the trapping light. The white arrows indicate
the net restoring force. Note that the scattering component due to reflection by the particle is not indicated
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2.2 Trap Stiffness An optical trap forms a three-dimensional potential well for the
trapped particle. The particle experiences an attractive force toward
the potential minimum, which is located at a stable position where
the trapped particle experiences no net force. Close to the potential
minimum the trap can be approximated to be harmonic, e.g. the
attractive force F is directly proportional to the displacement x of the
particle according to Hooke’s law: F ¼ �kx. Here, the spring con-
stant κ has units [N/m] like a mechanical spring, and represents the
stiffness of the optical trap. Knowledge of the trap stiffness allows
accurate quantification of the external forces acting on a trapped
particle from a measurement of the particle’s displacement. The
trap stiffness, however, is a complex function of the intensity profile
and wavelength of the laser, the shape and size of the particle, the
indices of refraction, and other parameters, and is difficult to calcu-
late from first principles. Therefore, the trap stiffness is commonly
determined by performing calibration experiments. Using a laser of
1 W, the typical trap stiffness that can be obtained in a single-beam
optical trap is in the order of 100 pN/μm.

2.3 Principles

of Trap Calibration

To allow quantitative measurement of the forces on optically
trapped particles, several calibration methods to measure the trap
stiffness have been developed.

Drag force calibration: The simplest way to calibrate an optical
trap is to apply an external force of known magnitude and measure
the displacement of the trapped particle. The external force is
typically generated by inducing a fluid flow. The drag force by a
fluid (viscosity η, flow velocity v) on a spherical bead of diameter d is
given by Stokes’ law: F ¼ γv, where γ is the drag coefficient
γ ¼ 3πηd. The fluid drag displaces the bead from the center of the
trap until the drag force is opposite and equal to the restoring force
from the optical trap, which yields k ¼ γv/x. The trap stiffness can
thus be obtained by measuring the displacement, x, of a bead of
known size due to the fluid flow of a liquid with known viscosity
and velocity.

Brownian motion calibration: Another, more accurate calibra-
tion procedure is based on the Brownian motion of a bead in an
optical trap, caused by the continuous and random collisions with
solvent molecules. The stiffness of an optical trap can be calibrated
by recording the power spectrum of the displacement fluctuations
of a trapped bead of known size, as shown in Fig. 4. The power
spectrum Sx(f) describes how the power of these displacement
fluctuations is distributed in frequency f, and is found to have a
Lorentzian shape [33]:

Sx fð Þ ¼ kBT

γπ2 f c
2 þ f 2

� � ,
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where kBT is the available thermal energy. The power spectrum
exhibits a characteristic corner frequency fc � κ/2πγ, which is pro-
portional to the trap stiffness. Figure 4 shows that at low frequen-
cies f � fc, the power spectrum is roughly constant,
Sx(f) ¼ Sx , 0 ¼ 4γkBT/κ

2. At high frequencies f � fc, however,
the power spectrum falls off like 1/f 2, which is characteristic of
free diffusion. The inverse of the corner frequency represents the
time response of the optical trap, which is typically in the order of
1–0.1 ms. For shorter time scales, the particle does not ‘feel’ the
confinement of the trap, which means that behavior of biological
systems at time scales more rapid than this response time cannot be
detected by the optical tweezers. The two power spectra of Fig. 4,
acquired at two different trap stiffness values, illustrate that when a
higher trap stiffness is used (i.e. by increasing the laser power), the
bead fluctuations at low frequencies are reduced, and the time
response of the optical trap increases. On the other hand, a higher
trap stiffness implies smaller bead displacement at a given force,
which implies that there is not necessarily an improvement in
signal-to-noise ratio at elevated trap stiffness [34]. Typical para-
meters to consider for improving the signal-to-noise ratio in force
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Fig. 4 Power spectra representative of the positional fluctuations of a particle
trapped at different laser powers. A 1 μm diameter polystyrene bead is held in an
optical trap, while the displacement signal in volts is sampled at 195 kHz. The
graph shows power spectra of the displacement signal at 3 W (dark gray) and at
6 W (light gray) laser power. Both the downward shift of the low-frequency
plateau S0 and the upward shift of the corner frequency fc (see arrows at 250 and
650 Hz, obtained from Lorentzian fits) for the stiffer 6 W trap can clearly be
observed
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or distance measurements include: using a stiff tether (e.g. short
DNA molecule or elevated tension) and/or time averaging the
measurement signal. Using small beads can be of additional benefit:
the faster fluctuations of small beads are more effectively filtered out
by time averaging than those of large beads. Large beads, on the
other hand, have the advantage that the trapping laser is focused
inside the bead, where it is far away from biomolecules of interest
such that potential photo-damage can be minimized.

It is important to note that, in practice, the detector used to
determine the bead position reads uncalibrated displacement fluc-
tuations u(t) (i.e., as some voltage rather than as a displacement in
nanometers). The response of the detectorR, which has units m/V,
relates the displacement to u(t) as x(t)¼Ru(t). To fully calibrate an
optical trap, the power spectrum of the uncalibrated displacement
fluctuations Su(f) is fitted with a Lorentzian:

Su fð Þ ¼ Su,0f c
2

f c
2 þ f 2

� � :
Once the parameters Su , 0 and fc are obtained, the trap stiffness

can be calculated using.

κ ¼ 2kBT

πSu,0f c
or κ ¼ 2πγf c,

and, providing the bead diameter and solvent viscosity are known,
the detector response can be calculated using.

R ¼ kBT

π2γSu, 0f c
2

" #1=2

¼25
�
C 5:0� 10�20m3s�1

Su,0f c
2d

" #1=2

:

Finally, to convert uncalibrated displacement data to forces, the
displacement signal should be multiplied by R and the trap stiffness,
such that, F ¼ κx ¼ κRu.

3 Optical Tweezers Systems

An optical tweezers setup consists of various dedicated compo-
nents. In this section, we discuss the role of these components in
optical tweezers function and performance. Below, we divide and
discuss the components in five groups: the trap, the environment of
the trap, trap steering, position and force detection, and the envi-
ronment of the setup. In addition, we also discuss the ability to
combine optical tweezers with other techniques, and the different
optical trapping assays that are typically used in biological experi-
mentation. For illustration, Fig. 5 shows the schematic layout of an
optical tweezers setup that combines two steerable optical traps
with fluorescence microscopy.
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3.1 The Optical Trap At the heart of every single-beam optical tweezers instrument is the
microscope objective, which creates a tight focus to form a stable
optical trap. Tight focusing implies that a significant fraction of the
incident light comes in at large angles, such that the scattering force
is overcome by the gradient force. The maximum incidence angle of
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Fig. 5 Optics layout of a typical optical tweezers—fluorescence instrument. The
various parts of the system as described in the text are bounded by dashed
boxes. The optics are divided into four functional units: in the Optical Trap
Steering Unit, two continuously illuminated optical traps are created from a high-
power 1064 nm trapping laser (TL) using polarizing beamsplitter cubes (PB1–2)
and a half-wave plate (HW). Each trap is steered using a dedicated motorized
mirror (MM1–2) located in planes conjugate to the back-focal plane of the
objective lens (OL). Beam expander BE1 allows changing the collimation of the
traps and change their axial position. In the Force Detection Unit, two position
sensitive detectors (PSD1–2) monitor the force and displacement of two
orthogonally polarized traps. The Inverted Microscope Unit is based on a
commercial microscope body and uses a point-source LED to illuminate the
sample plane that is imaged on a bead imaging camera (BIC). The Fluorescence
Microscopy Unit consists of a simple wide-field layout where an excitation laser
(EL) illuminates the sample while the fluorescence signal is imaged onto an
EMCCD (EMC). Diagnostic tools added include the two cameras that image the
condenser’s back-focal plane (BFC1,2). BS beam splitter, CL condenser lens, FC
flow cell, L lens, ND neutral density filter, QWP quarter-wave plate
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the light Θmax is determined by the numerical aperture (NA) of the
objective used to focus the laser beam. This is a measure for the
solid angle over which the objective lens can gather light and is
defined as: NA ¼ n sin Θmax, where n is the refractive index of the
immersion medium (i.e., the medium between the objective lens
and the sample) and Θmax is one-half the angular aperture. The
value of n varies between 1.0 for air and ~1.5 for most immersion
oils. For typical oil-immersion objectives, an NA of 1.4 corresponds
to a total acceptance angle of the objective of about 130

�
. To obtain

a stable three-dimensional optical trap, the laser beam entering the
objective has to be wide enough to fill or overfill the back aperture
of the objective. This way, one provides sufficient convergent, high-
angle rays that contribute to counteracting the scattering force.

The maximum forces that can be exerted by an optical trap can
be enhanced by either increasing the laser power, or by optimizing
the quality of the focal spot of the laser and the refraction of the
laser by the trapped particle (i.e., choosing the proper optics and
materials with proper optical densities; see below). The laser power
can only be increased up to a certain limit, above which more laser
light would lead to heating or photodamage of the examined
system (often delicate biomaterials), or even of the optics in the
instrument [35]. Therefore, care must be taken to optimize the
quality of the focal spot of the trapping laser. The difference in
refractive index of the trapped object n2 compared to that of the
surrounding medium n1 determines how strongly the incident rays
are refracted and, consequently, how strong the trapping force is.
The required balance between gradient and scattering forces yields
an optimal refractive index of n2 ¼ 1.69 [5]. One often uses silica
(glass) particles (n2 ¼ 1.37–1.47) or polystyrene particles
(n2 ¼ 1.57). The trapping forces that can be obtained for polysty-
rene particles are thus higher. When using an oil-immersion objec-
tive, the refractive index of the immersion oil matches both that of
the objective lens and that of the glass of the sample. Therefore, the
maximum NA can be achieved with oil-immersion objectives.
However, due to the refractive index mismatch between the sample
glass and the buffer, spherical aberrations deteriorate the quality of
the laser focus when the distance of the focus to the sample surface
increases (optical trapping in water with oil immersion objectives is
typically performed within several tens of micrometers of the glass
surface) [36]. To allow equally stable trapping at any distance to the
surface, water-immersion objectives are often used. Despite the fact
that the NA is somewhat compromised (typically NA ¼ 1.2 for
water immersion objectives), the ability to move away from the
sample surface without lowering the trap quality can be a good
reason to use water-immersion objectives [37].

For optical trapping, single-mode continuous wave lasers with
a Gaussian beam profile (i.e. operated in the lowest, TEM00, mode)
are commonly used. The laser power typically ranges from a few
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hundred milliwatts up to several watts. Important properties of the
laser for stable trapping are low-intensity fluctuations and high
pointing stability (little angular and transverse wandering of the
beam). Of particular interest for biological experiments is the wave-
length. Since the light intensity at the focus is very high, heating
and damage through light absorption by the often delicate
biological material needs to be considered. Near-infrared lasers
(800–1200 nm, most often the 1064-nm line from diode-pumped
solid state lasers) are typically used, because of the low absorption
of biological material as well as water in this spectral range [5].

Although in current biological applications optical traps are
most commonly formed by tightly focusing a single laser beam
[2], the first stable optical trap was accomplished in 1970 by
using two counter propagating focused laser beams [1]. The
counter propagating layout does not require tight focusing, such
that low NA (<1) objectives, or no objective at all may be used.
Advantageously, this allows for a larger working distance and lower
local light intensity at the trap, making it useful to handle living
cells. The “optical stretcher,” designed to probe the deformability
of individual cells, is a key example of this approach [38].

3.2 Environment

of the Trap

Microfluidics: To ascertain well-controlled experimental conditions
in single-molecule experiments, it is often useful—if not required—
to implement a way to bring the biochemical “ingredients”
together under the microscope. The use of microfluidics allows
for a fine control over this process by fluid flow of minute volumes
of the solutions used. In addition, microfluidic control allows for
drag force calibration of the trap, as well as flow stretching of
biopolymers such as DNA [30]. An alternative way to induce
viscous drag is by moving the fluid reservoir with respect to the
trap using a motorized microscope stage. Particularly useful is the
combination of either a motorized or a piezoelectric stage with a
multichannel laminar flow cell. The laminar flow ensures that dif-
ferent buffer flows can be in contact with each other with minimal
buffer mixing. By moving the stage to change the position of the
trapped beads in the microfluidic device, the buffer conditions can
be rapidly and completely exchanged between the regions of differ-
ent buffer flow. This facilitates in-situ control of more complex
multistep biological processes and it enhances experimental
throughput Brewer et al. extensively reviewed the use of microflui-
dics devices in single-molecule experiments [29].

Temperature control: In biological experiments, temperature
often plays an important role. As in conventional microscopy, tem-
perature controlled fluidics, stages, and objectives can be used to
control the temperature at which biological processes take place. In
optical tweezers experiments, temperature control of the objective
is, in particular, considered. Objectives with short focal lengths,
required to obtain a tight focus, are necessarily in close contact with
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the trapping region through the immersion medium, and act as an
effective heat sink. Moreover, apart from the relevance for the
temperature of the biological system, temperature control of the
objective can be beneficial for the performance of the optical twee-
zers as well. The high laser intensities in optical trapping may
produce heating of the optical components, thus causing optical
drift, increased stabilization time, and/or decreased spatial resolu-
tion. A milliKelvin temperature-stabilized objective has been
employed to obtain base pair resolution in optical tweezers experi-
ments on DNA [39]. Finally, judicious design and analysis of the
experiment is required when large temperature fluctuations are
anticipated. Among other issues, the reliability of (real-time) cali-
bration of optical tweezers using Brownian fluctuations is impacted
by significant temperature fluctuations.

3.3 Position

and Force Detection

The key to quantitative optical trapping is the accurate detection of
the position of the particle in an optical trap. Within the volume of
the laser focus, the displacement of the particle from its equilibrium
position is directly proportional to the forces acting on this particle.
Several techniques have been developed for sensitive position
detection, which are discussed below.

Lateral position and force detection: The simplest position-
detection scheme relies on video-based imaging of a bead in the
optical trap. Using centroid-tracking or template-matching algo-
rithms, the position of one or multiple beads can be obtained with
sub-pixel resolution (down to several nanometers) either by offline
or online digital video analysis [40, 41]. Although video-based
position detection is simple and direct, it is limited in time resolu-
tion by the video acquisition rate (from typically 25 up to 100 Hz
with faster camera’s). More dedicated imaging techniques where
one bead is directly imaged on a position sensitive detector (PSD)
or quadrant photodiode (QPD) provide a higher time resolution,
but require high magnifications and are thus limited in range and
signal-to-noise ratio [42, 43]. Besides allowing the calculation of
the active forces in a biological system when the trap stiffness is
known, imaging also provides spatial information on the studied
system; observation of the absolute position of beads in the cam-
era’s field of view can provide information on the length scale of a
biological system, such as a stretched biopolymer between two
beads, or the motion of a molecular motor through the field of
view, independent of the optical trapping (cf. Fig. 2).

The highest time resolution (~μs) and spatial resolution (~pm)
is currently obtained with laser-based interferometry techniques for
position detection. Currently, the most common position detection
scheme is back-focal-plane interferometry [44, 45]. Here, the
interference between unscattered and forward-scattered light of a
laser beam focused on a bead is used to provide positional informa-
tion in the two lateral dimensions. By imaging the intensity
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distribution in the back focal plane of a condenser lens on a QPD or
PSD, the recorded signals are rendered insensitive to the location of
the trap in the field of view. A major advantage of these interference
techniques is that the trapping laser can be used to perform
trapping and position detection simultaneously. In this situation,
the detection and trap are intrinsically aligned and only relative
displacements of the bead with respect to the trap are measured.
Displacements of typically up to a few hundred nanometers away
from the center of the optical trap are directly proportional to the
measured shift on the photodiodes in this configuration. On top of
this, simultaneous video analysis of optical images can still be used
to measure absolute positions and distances in the studied system.

Axial position detection: True three-dimensional position
detection allows tracking the (suppressed) Brownian motion of
the trapped particle and thereby fully quantifying the forces felt
by the object in the optical trap. This can be accomplished by
combining axial position detection with the abovementioned lat-
eral position detection techniques. The axial position of trapped
particles has been detected by using fluorescence methods, by
performing template-based analysis of bead images (as is often
done in magnetic tweezers [46] experiments or acoustic force
spectroscopy [47], see Chapters 16 and 18, respectively), by mea-
suring the forward scattered light intensity, or by using non-
imaging interference methods [6]. The non-imaging axial interfer-
ence method, in which modulations in the total laser intensity are
detected in the back focal plane of the condenser, is most practical
since it is accurate as well as easily combined with lateral
interference-based detection. Contrary to lateral detection, the
best axial sensitivity is obtained when only the low-NA fraction of
the light is detected [48].

3.4 Trap Steering If microscope stage movements do not provide enough flexibility
to manipulate trapped objects, the trapping beam itself can be
steered through the sample. This is particularly useful for steering
multiple traps. Lateral trap movement can be achieved by changing
the incoming angle of the trapping beam into the objective, while
axial movement is effected by changing the level of collimation of
the beam.

In practice, such three-dimensional trap steering can be accom-
plished by moving the lenses in a telescope in front of the objective.
Alternatively, the use of tip-tilt or galvanometric mirrors, for which
accurate and reproducible positioning can be obtained through
closed-loop feedback systems, allows rapid lateral trap movement
up to several kHz. Finally, trap steering can also be accomplished
using acousto-optical deflectors (AODs) and electro-optical deflec-
tors (EODs). These provide higher scanning speeds up to the MHz
range, but typically have more limited ranges. Additional drawbacks
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are the lower throughput efficiency and inhomogeneous diffraction
of AODs and the high costs of EODs.

To avoid nonlinearities in the lateral trap steering, it is impor-
tant to place the steering elements in the setup such that the angular
deflection from the optical axis originates in planes conjugate to the
back-focal plane of the objective. Otherwise, the transmitted laser
power and therefore the trap stiffness will be dependent on the
position in the sample. Finally, it is important to realize that trapped
objects are limited in manipulation speed. Viscous drag will cause
the trapped particle to escape from the trap at high steering speeds.

If scanned across multiple positions, galvanometric-mirrors and
the even faster AODs, AOMs or EODs can be used to generate
multiple traps from a single laser source (see Fig. 6). If the laser is
scanned rapidly enough, a trapped particle may not sense the
transient absence of the optical trap when at the other scanned
positions. This way of generating multiple traps is called trap multi-
plexing or “time-sharing.” In contrast to time-shared trapping,
continuous trapping generates optical traps that are stable over all
time scales. Time-shared optical traps, on the other hand, provide
more flexibility in the number of traps, but typically require addi-
tional feedback-electronics to compensate for deflection-
dependent variations in trap stiffness. An alternative approach to
generate multiple traps from a single laser line is provided by
diffractive optical elements such as spatial light modulators
(SLMs). Multiple trap generation and steering in this case rely on
the holographic pattern that causes the incident laser to diffract
into separate foci in the sample. Holographic schemes based on
SLMs are constrained in straightforward use of interferometric
position and force sensing schemes.

Fig. 6 Microscopy image of the time-shared optical trapping of 42 beads using
AODs. This image demonstrates the smallest game of Tetris ever played. The
corresponding video can be found online at https://www.youtube.com/watch?
v¼jCdnBmQZ6_s
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3.5 Environment

of the Setup

To ensure stability and high spatial resolution, the environment of
the optical tweezers setup needs to be well controlled. Common
precautions include the use of passively damping optical tables, and
temperature stabilization within 0.5–0.1 K. Convection of the air in
the optical pathway can induce beam deviations through local
density fluctuations. These effects can be minimized either by
enclosing the optical path, reducing the optical path length, and
reducing the number of foci along the optical path, since the beam
is more sensitive to local density fluctuations in these focal points.
For the most demanding applications, optical tweezers instruments
have been placed in acoustically isolated rooms with air condition-
ing equipment that filters out dust particles in the air. Although the
ultimate resolution of a single base pair of DNA was first demon-
strated using an instrument in which the ambient air was replaced
by helium, the even lower refractive index of which renders the
instrument less susceptible to density fluctuations of the gas, such
resolution was later matched using a setup that did not replace
ambient air [34, 49].

3.6 Combining

Optical Tweezers

with Other Techniques

Optical tweezers instruments are composed of common micros-
copy components and are often incorporated into commercial
microscopes. This makes it attractive to combine optical tweezers,
and their high level of control, with the capabilities of other optical
techniques in order to study biological systems in greater detail.
The design of an optical tweezers instrument, however, will directly
influence its capabilities and to what extent other microscopy or
related techniques can be integrated with it.

The counter propagating beams layout, for instance, which
requires critical coaxial alignment, is difficult to implement in con-
ventional microscopes, and puts strong restrictions on the optics
and additional functionalities of the experimental setup. A single
beam optical trap, on the other hand, requires a tightly focused
laser beam for stable trapping, which in turn requires a high-NA
objective lens and a suitably expanded laser beam at the input
aperture. Other than that, no strong requirements are imposed
on the microscope, which renders the single-beam trap the more
widely used configuration.

An enabling development is the integration of sensitive fluores-
cence microscopy with optical tweezers [8, 30, 50–52]. The direct
visualization of single molecules in controlled optical tweezers
manipulation experiments has proven a powerful method for the
detailed investigation of biomolecular systems, in particular for
unraveling DNA-protein interactions [30, 53, 54]. In these experi-
ments, DNA is manipulated with optical tweezers, while local and
specific information on the binding and activity of proteins inter-
acting with the DNA is directly obtained through fluorescence
microscopy. Changes in DNA structure due to DNA–protein inter-
actions or movement of proteins along DNA can thus be
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simultaneously studied with force spectroscopy and fluorescence
microscopy, providing a high level of versatility and unambiguity in
these experiments [55]. Here, wide-field fluorescence microscopy
provides robust and straightforward imaging capabilities, while
confocal fluorescence microscopy allows real-time analysis of
molecular activity in presence of up to two orders of magnitude
higher background concentration of labeled proteins than in wide-
field configuration. Furthermore, other advanced optical micros-
copy techniques such as polarization spectroscopy and Förster
resonance energy transfer (FRET) have been successfully combined
with optical tweezers [50, 56–58] New possibilities of these com-
binations include study of, for example, the spatial and temporal
dynamics of DNA repair processes [54, 59, 60] and structure-
function relationships of DNA-binding enzymes [50]. A further
development involves the integration of super-resolution micros-
copy with optical trapping, which allows single-molecule analysis
even at elevated protein densities. Such measurement allows linking
idealized in vitro conditions with the dense and crowded situation
in vivo [61]. Finally, fluorescence microscopy also aids analysis of
mechanically less well-defined systems such as intermediate fila-
ments [62] and membrane-based systems [63].

3.7 Optical Trapping

Assays Employed

in Biology

Several experimental layouts have been developed to employ optical
tweezers in biology. The simplest layout consists of a single optical
trap, in which particles can be manipulated and, optionally, forces
between the trapped particle and its surroundings can be measured.
A single optical trap has for instance been used to perform force
spectroscopy on biomolecular systems that are tethered between
the trap and a fixed substrate (see Fig. 2, top). Examples of experi-
ments using this geometry include measurements of the mechanical
and structural properties of biopolymers tethered between a
trapped bead and a fixed substrate (i.e., a glass slide, or a bead
held by a micropipette [17]), and measurements of the forces
involved in biomolecular activity [11, 22]. This activity can be
observed either directly, such as in the motion of motor proteins
tethered to a trapped bead, or indirectly, by measuring structural
changes in biomolecules such as DNA due to enzymatic activity.

The fixed substrate can also be replaced by a particle trapped in
a second optical trap (see Fig. 2, bottom). In this dual trap assay, a
biomolecular system tethered between two trapped beads can thus
be fully suspended in solution, which prevents unwanted surface
interactions. In addition, this layout suppresses noise associated
with fluctuations or drift in the relative positions of the optical
trap and a fixed substrate. This geometry has been employed to
obtain single base pair resolution of RNA polymerase activity [49].

Finally, advanced optical trapping geometries include the use of
multiple optical traps (see Fig. 6), which allows manipulating large
biological structures, and multiple colloidal particles [64–67]. On
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the single-molecule level, multiple optical traps have been used to
measure interactions of multiple DNA molecules and bound pro-
teins [25, 68] In particular in combination with fluorescence
microscopy, such dual molecule experiments allow dissecting
more complex molecular architectures that were previously not
accessible [59].

4 Commercial Optical Tweezers Systems

The design and construction of an optical tweezers instrument can
be a tedious task, requiring practical and theoretical experience in
fields ranging from laser physics, optics, thermodynamics, hydro-
dynamics, analog, and digital electronics to computer science in
order to allow some level of computer control of the instrument as
well as data acquisition. In addition, the maintenance of a home-
built instrument can be time-consuming as well. In view of that, it
needs little explanation that many life science researchers hesitate to
switch to this type of experimentation.

During the past decade, several companies have started offering
commercial solutions for optical trapping experiments [31]. These
solutions range from do-it-yourself kits like that of Thorlabs, Elliot
Scientific, or the miniTweezers (see http://tweezerslab.unipr.it) to
fully automated turn-key platforms. Most manufacturers provide
instruments that can be flexibly attached or integrated into a standard
research-grade inverted opticalmicroscope.Dependingon the details
of the instrument, this may leave open the possibility to configure the
optical microscope in order to combine optical tweezers with other
microscope techniques, such as fluorescence microscopy.

A number of commercial suppliers offer optical tweezers instru-
mentation primarily as a micromanipulation add-on or standalone.
This includes suppliers like Aresis, Elliot Scientific, Meadowlark,
Molecular Machines and Industries, Thorlabs, and Zeiss. In these
systems, the hardware for trap position control ranges from piezo-
stages or galvanometric mirrors to AODs and holographic optical
trapping. Some of these systems are integrated with microdissection
equipment for controllably cutting cells or tissue such as the Zeiss
PALM product series and those from Molecular Machines and
Industries (MMI), which originate from the microdissection field.

Most relevant for quantitative single-molecule analyses as
described in this book are accurate force-sensing optical tweezers
microscopes such as the NanoTracker series from JPK Instruments
and the C-Trap from LUMICKS (see Fig. 7). Both these systems are
compatible with multichannel microfluidics and fluorescence
microscopy. While the C-Trap is a complete system solution
integrated with microfluidics, confocal microscopy and/or STED
nanoscopy, the NanoTracker is based on a third-party inverted
microscope and fluorescence microscopy hardware.
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When considering the purchase of a commercial optical tweezers
instrument, several aspects should be kept in mind. Obviously, the
first thing to define is the main application or application range for
the instrument. Is the system going to be used only for manipula-
tion, or is quantification of the forces exerted going to be useful? Do
the applications demand ultra-high resolution force spectroscopy? Is
fluorescence imaging required, and what level of hardware and/or
software integration with optical trapping serves the biological appli-
cation best? Throughput and workflow are particularly important
features in single-molecule analyses that face the task of gathering
large statistics on a molecule-by-molecule basis. Finally, characteris-
tics such as workflow, throughput, and user-friendliness are best
assessed in a live demonstration of the instrument.

5 Concluding Remarks

Optical tweezers techniques form an invaluable addition to the
single-molecule toolkit. These minimally invasive techniques pro-
vide scientists with the ability to actively manipulate biomolecules
with nanometer precision, and to measure or apply forces with
(sub)picoNewton resolution. Examples of the application of these
powerful tools in molecular biology include the study of active
molecular motors, the mechanical properties of DNA, and the
mechanochemistry of DNA–protein interactions. Commercial
optical tweezers systems are becoming increasingly available,
which makes this powerful and versatile technique accessible to a
broad range of researchers from different backgrounds and will
undoubtedly drive new biological discoveries on the single-
molecule level. The following chapters will describe detailed meth-
ods and protocols of several applications of optical tweezers in
molecular biology.

Fig. 7 Left: Dr. Remus T. Dame (Leiden University, The Netherlands) using his NanoTracker from JPK
Instruments. Right: Dr. Mattijs de Groot using the C-Trap from Lumicks
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Chapter 2

RNA Unzipping and Force Measurements with a Dual
Optical Trap

Laurent Geffroy, Pierre Mangeol, Thierry Bizebard,
and Ulrich Bockelmann

Abstract

In order to mechanically unfold a single RNA molecule, an RNA/DNA hybrid construction is prepared
which allows specific attachment to two micrometer-sized beads. A dual-beam optical trap thus holding the
construct in solution captures the beads separately. Unfolding of a molecule is obtained by increasing the
distance between the traps, one trap being slowly moved while the other is held fixed. Force is measured to
sub-piconewton precision by back focal plane interferometry of the bead in the fixed trap. The experiment
allows us to measure structure and base-sequence-dependent force signals. In this chapter, important
technical aspects of this type of single-molecule force measurements are considered.

Key words RNA, DNA, Single-molecule, Optical trap, Force, Unzipping, Molecular construction

1 Introduction

The field of single-molecule force measurements on nucleic acids
started more than 15 years ago. It has thrived ever since and has
been covered by a number of reviews [1–4]. The most noteworthy
feature common to all single-molecule techniques is the absence of
ensemble averaging. This aspect is particularly highlighted in
nucleic acid unzipping measurements. Base-sequence-dependent
force signals are observed in DNA unzipping [5–9], while the
signals observed upon unzipping RNA structures depend on struc-
ture and base sequence [10–21]. The double optical tweezers
configuration, which can achieve very accurate and low drift mea-
surements, enables the reproducible observation of these features
on a single molecule.

Unzipping experiments require many different elements to be
carefully tuned for optimal results. These preparations are the very
essential condition to record high-quality force signals. There are
many possible reasons for failure; some of them are listed in
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Subheading 4. The chapter provides protocols and notes on the
setup of a dual optical trap, the preparation of the molecular con-
structions and an example of a single-molecule RNA unzipping
measurement. Other important technical points, not addressed in
detail here, include the preparation and surface functionalization of
the beads, the force calibration of the setup and the details of data
acquisition and analysis. Methods and protocols of DNA unzipping
measurements were described in the first edition of this book [22].

2 Materials

2.1 Dual Optical Trap 1. Trapping laser: CW, linearly polarized, diode pumped, Nd:
YVO4 laser, emitting at 1.064 μm with a maximum power of
10 W. Millenia IR, Spectra-Physics, Mountain View, CA, USA.

2. Trapping objective: 100� N.A. ¼ 1.4 oil immersion objective,
Plan Apo IR, Nikon, Tokyo, Japan.

3. Condenser objective: 60� N.A. ¼ 1.2 water immersion objec-
tive, UPlanSApo, Olympus, Tokyo, Japan.

4. Beam steering: piezoelectric mirror mount with an integrated
position sensor operating in a feedback loop (Mad City Labs
Inc., Madison, WI, USA).

5. Acousto-optic frequency shifter (AA Optoelectronic, Orsay,
France).

6. Position-sensitive detector (Pacific Silicon Sensor,Westlake Vil-
lage, CA, USA).

2.2 Molecular

Constructs

1. DNA oligonucleotides (see Note 1):

– Oligo “F”: 50-TAA TAC GAC TCA CTA TAG GGA GAC
CAC AAC GG-30.

– Oligo “R”: 50-TGA GCA TTA TGA TCA ATG CCA AAT
GTG-30.

– Oligo “1a”: 50-TAC GAC TCA CTC GAG GGA GAC
CAC-30.

– Oligo “1b”: 50-TGG GTT GTT TCC CTC TTC ACG
ACGG-30.

– Oligo “2a”: 50 biotin-GCTGAGCAT TATGATCAATGC
CAA ATG-30.

– Oligo “2b”: 50-GCG ACG CTT ATG CGT TGT TGG
GTA GG-30.

2. Modified nucleotide: Biotin-14-dATP (ThermoFisher
Scientific).
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3. “RiboMax™ Large Scale RNA production System (T7 ver-
sion)” kit (Promega), including T7 RNA polymerase and
accompanying enzymes and products.

4. “Phusion® High-Fidelity PCR” kit (New England Biolabs),
including Phusion DNA polymerase and accompanying
products.

5. Restriction enzyme XhoI (þ buffer ‘CutSmart’, New England
Biolabs).

6. Klenow Fragment (30 ! 50 exo-) of E. coli DNA Polymerase I
(New England Biolabs).

7. “NucleoSpin® Gel and PCR Clean-up” and “NucleoSpin®

RNA Clean-up” nucleic acid purification kits (Macherey-
Nagel).

8. Agarose and agarose gel apparatus, gel staining chemicals and
gel analysis devices.

9. Hybridization buffer: 80% (V/V) formamide, 0.4 M NaCl,
40 mM Pipes pH 6.5, 1 mM EDTA).

10. Spin columns: Illustra™ MicroSpin G50 (GE Healthcare).

11. Working buffer: 100–400 mM KCl, 5 mM MgCl2, 20 mM
Hepes Na pH 7.6.

2.3 Sample Cell

and Beads

1. Coverslips: 21 � 26 mm #1 (Menzel-Gl€aser).

2. Streptavidin-coated, 0.96 μm diameter Silica beads 1% (w/v)
(ProActive® Microspheres, Polysciences). The beads are stored
at 0.1% (w/v) concentration in Polylink wash and storage
buffer (PolyLink Protein Coupling Kit for COOH Micropar-
ticles, Polysciences) supplemented with 1% (w/v) Polyvinylpyr-
rolidone, 0.1% (v/v) Tween 20.

3 Methods

3.1 The Dual Optical

Trap Setup

Our setup is presented schematically in Fig. 1. It is based on a
custom-designed inverted microscope. The optical components
are mounted on an optical table for vibration isolation. For
trapping and force detection, we use a diode pumped near-infrared
laser. To create two independent traps, a polarizing cube C1 splits
the laser beam by polarization. A half-wave plate allows us to adjust
the distribution of the laser intensity on the two polarizations. The
direction of one of the two beams is varied by a piezoelectric mirror
mount. Moreover, the frequency of one beam is shifted compared
to the frequency of the other one, with an acousto-optic modulator
(“frequency shifter”). This procedure eliminates the interference
taking place between the two beams on the detection plane [23]
(see Notes 2 and 3). After recombination with a second polarizing
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cube C2, the two beams exhibit perpendicular polarization, and
their directions of propagation are slightly different, in order to
create two laterally separated traps in the sample. To this end, lenses
L3 and L4 image the center of the mirror mounted on the piezo-
electric stage on the back focal plane of the trapping objective.

The beams are focused by the trapping objective, pass through
the sample and are then collimated by the condenser objective. One
of the two beams is removed with a Glan-laser polarizer. Finally,
lens L5 images the back focal plane of the condenser objective on a
position-sensitive detector. Part of the optical path is also used to

Fig. 1 Schematic layout of the dual optical trap setup. The trapping beams are indicated in dark grey and the
illumination path in light grey. The optical components are described in the text
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image the beads on a CCD camera. To avoid fluctuations from air
currents, the optical path is fully enclosed. Most mechanical parts
are custom designed to reduce drifts and vibrations.

3.2 Preparation

of the Molecular

Constructions

A typical RNA/DNA hybrid molecular construction is shown
schematically in Fig. 2.

3.2.1 Overview (Of note: in the following paragraphs, all volumes and concentra-
tions refer to final concentrations, after all components have been
added).

To synthetize all the nucleic acids (RNA and DNAs) necessary
for the molecular construct shown in Fig. 2, we started from a
homemade plasmid (named pT7rrnB), which contains a modified
rrnB operon from Escherichia coli: this modification consists of the
replacement of the natural promoter sequence by a standard pro-
moter of T7 phage RNA polymerase.

The RNA sequence of interest to us in this article and in
previous papers [10, 16] consists of nucleotides 991–1163 of the
E. coli 23S rRNA-sequence, located approximately in the middle of
the rrnB operon.

A flowchart of the whole procedure to synthetize the desired
RNA/DNA hybrid molecular construct is shown in Fig. 3.

handles

RNA under
investigation

Fig. 2 The RNA/DNA hybrid molecular construction used in the force measure-
ments: a single-stranded RNA molecule (in grey), containing the RNA part to be
investigated (illustrated in this figure as a schematic hairpin), is hybridized to two
complementary single-stranded DNAs (in black); each one of the ssDNA is
~2000–3000 nt long and is chemically modified at one of its extremities by a
biotin moiety—so as to form two hybrid RNA/DNA “handles,” which allow the
single molecule to be easily manipulated
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3.2.2 RNA Preparation The RNA part of the construct is prepared by standard in vitro
transcription: the DNA molecule necessary for transcription can be
obtained either by runoff transcription from the linearization of
pT7rrnB plasmid, or by an adequate PCR from the same plasmid
(described below).

1. Preparation of DNA template for transcription by PCR; the
reaction mix consists of: pT7rrnB (0.1 ng/μL), oligo “F” and
oligo “R” at 500 nM each, dNTPs at 0.2 mM each, Phusion

+ 

+ 
hybridization

step 

pT7

three dsDNA
molecules

obtained by  PCR

 

( )

RNA obtained by
in vitro transcription

DNA sequence of the
RNA region 
of interest

(1)

(2)

(4)

(3)

plasmid
pT7rrnB

biotin labelling
of PCR2

PCR1

biotin
moiety= 

PCR2

biotin-PCR2

PCR3

RNA

RNA/DNA hybrid

Fig. 3 Flowchart of the procedure to synthetize the desired RNA/DNA hybrid molecular construction
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DNA polymerase (0.02 U/μL), all these components in Phu-
sion HF buffer, in a final volume of 100 μL. The PCR reaction
is immediately started: 30 s at 98 �C, then 30 cycles (10 s at
98 �C, 2 min at 72 �C for each cycle), and finally 5 min at
72 �C.

2. The PCR product is desalted and purified using the ‘NucleoS-
pin® Gel and PCR Clean-up’ kit, and finally resuspended in
30 μL of elution buffer. DNA concentration is estimated from
its OD at 260 nm (using an extinction coefficient of 20 (mg/
mL)�1 cm�1). PCR product purity is checked on a 0.7% aga-
rose gel.

3. The in vitro transcription reaction mix consists of: 2.5 μg of
purified PCR product, 7.5 mM of each NTP, 5 μL of ‘Enzyme
Mix’, with buffer conditions adjusted to be in 1� ‘T7 Tran-
scription Buffer’, for a final volume of 50 μL. The transcription
reaction is incubated during 3 h at 37 �C. Afterwards, RQ1
DNaseI (0.05 U/μL) is added to the reaction mix and the
reaction further incubated 15 min at 37 �C—in order to digest
the DNA present in the mixture.

4. The RNA is purified and desalted using the ‘NucleoSpin® RNA
Clean-up’ kit, according to the instructions of the
manufacturer.

5. RNA concentration is estimated from its OD at 260 nm (using
an extinction coefficient of 25 (mg/mL)�1 cm�1). RNA tran-
script purity is checked on a native 0.7% agarose gel. Finally, the
purified RNA is stored by aliquots either at�20 �C (short-term
storage), or at �80 �C (long-term storage).

3.2.3 DNA (“Handles”)

Preparation

1. DNA handles are obtained by PCR.We list in Subheading 2 the
primers we have used in our case: primers “1a” and “1b” for
the 1st handle; primers “2a” and “2b” for the 2nd handle—
please note that primer “2a” is chemically modified with a
biotin at its 50 extremity, hence allowing direct incorporation
of the label in the PCR product.

2. The two PCR reaction mixtures consist of: pT7rrnB (0.2 ng/μ
L), the two primers (see above) at 500 nM each, dNTPs at
0.2 mM each, Phusion DNA polymerase (0.02 U/μL), all
these components in Phusion HF buffer, in a final volume of
100 μL (for each PCR). The two PCR reactions are immedi-
ately started: 30 s at 98 �C, then 30 cycles (10 s at 98 �C, 30 s at
60 �C, 1 min at 72 �C for each cycle), and finally 5 min at
72 �C.

3. PCR products are desalted and purified using the ‘NucleoS-
pin® Gel and PCR Clean-up’ kit, and finally resuspended in
30 μL of elution buffer. DNA concentrations are estimated
from their ODs at 260 nm (using an extinction coefficient of
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20 (mg/mL)�1 cm�1). PCR products purity is checked on a
0.7% agarose gel. Finally, the purified DNAs are stored at
�20 �C.

4. Biotinylation of the “1a”–“1b” DNA handle:

Contrary to the “2a”–“2b” handle which has a label (biotin)
necessary for mechanical manipulations directly incorporated
to one of its 50 extremities, the “1a”–“1b” DNA handle must
be labeled at one of its 30 extremities: one of the possible
strategies to perform this 30 extremity labeling is to digest the
DNA with an appropriate restriction enzyme and to fill the
ensuing 50-overhang with a polymerase able to incorporate
chemically modified nucleotides (see Note 4). The protocol
we use to do this is detailed below.

5. The purified “1a”–“1b” PCR fragment (adjusted at 150 ng/μ
L) is incubated with restriction enzyme XhoI (2 U/μL) in
‘CutSmart’ buffer, during 4 h at 37 �C. Then, this mixture is
directly supplemented with 35 μMdGTP, 35 μMdCTP, 35 μM
dTTP, 35 μM biotin-14-dATP and Klenow Fragment (0.1 U/
μL), and incubated 15 min at 25 �C. The reaction is stopped by
adding EDTA (10 mM) and incubating at 75 �C during
20 min. Finally, the biotinylated DNA handle is desalted and
purified using the ‘NucleoSpin® Gel and PCR Clean-up’ kit,
and resuspended in 30 μL of elution buffer.

3.2.4 RNA/DNA Hybrid

Preparation

The final RNA/DNA hybrid molecular construct shown in Fig. 2 is
obtained from the single-stranded RNA (prepared as described in
Subheading 3.2.2) and the two double-stranded DNA “handles”
(prepared as described in Subheading 3.2.3) using the following
strategy.

RNA/DNA double-stranded hybrid molecules are thermody-
namically more stable than double-stranded DNA of the same
sequence and consequently one can find experimental conditions
where the dsDNA is (predominantly) denatured and the ds RNA/
DNA hybrid is (predominantly) in native conformation. Once
equilibrium in these conditions is achieved, the preparation is
brought back to biochemically standard conditions, and can be
used as such in single-molecule force experiments.

Practically: RNA and DNAs are first mixed in “hybridization
buffer,” brought to high temperature to enforce all nucleic acids to
be single-stranded, then the temperature is adjusted to favor
annealing of RNA/DNA hybrids.

1. The three nucleic acids are mixed together: 0.1 pmol of RNA
and 0.3 pmol of each one of the two chemically modified DNA
“handles” in hybridization buffer in a final volume of 25 μL.
Using a PCR machine, the mixture is incubated 10 min at
85 �C, then during 1 hour at 56 �C (see Note 5).
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2. Following the hybridization step, the mixture is twice desalted
(to remove all traces of formamide) using spin columns. Finally,
a RNA renaturation step is performed—to ensure that the
RNA sequence of interest is properly folded: to do this, the
preparation is adjusted to “working buffer” conditions and
subjected to a “slow-cooling” protocol (using a standard
PCR machine): first, incubation during 10 min at 60 �C, then
gradual cooling to room temperature over 1 h.

3. To control the formation of the RNA/DNA hybrid and to
estimate its effective concentration, 50 ng of the hybrid can
be loaded on a 0.7% agarose gel, run and stained in standard
conditions as routinely used for dsDNA quality control.

4. Finally, the preparation is stored by aliquots at �20 �C. It can
be used as such—with no additional purification (seeNote 6)—
in single-molecule force experiments: simply thaw an aliquot at
room temperature and dilute it in working buffer as necessary
(see Subheading 3.3.1 steps 1 and 2).

3.3 Example of an

Unzipping Force

Measurement

3.3.1 Preparing an

Unzipping Experiment

1. Prepare the complex composed of RNA/DNA hybrid and two
beads. We use 0.96 μmdiameter streptavidin coated silica beads
and a 10–50 times dilution in “working buffer” of the molecu-
lar construct stock (seeNote 7). A mixture containing 0.5 μL of
the molecular construct dilution and 0.5 μL of beads (five times
diluted in beads storage buffer) is centrifuged at 30 � g for
6 min and then incubated 1 h at room temperature.

2. Add “working buffer” up to 10 μL final and very carefully
resuspend the beads (by slowly pipetting up and down: if the
injection is too rough, the RNA/DNA hybrid-beads complex
might break).

3. Prepare the sample cell made of two PEG-passivated coverslips
glued with Parafilm (see Fig. 4). PEG passivation is performed
according to published protocols (for example, see ref. 24).

4. Gently inject the RNA/DNA hybrid-beads solution through
the channel by capillarity.

5. Seal the cell with wax to avoid any evaporation.

6. Switch on the laser and acousto-optic modulator 1 h before the
measurements to reach thermal equilibrium (see Note 8). The
laser should go through the objectives during this period.

7. Place the sample in the microscope.

8. Check that the beam is proper for detection use.

3.3.2 Sequence of a

Typical Unzipping

Experiment

1. Search for the appropriate bead duplexes, i.e. two 0.96 μm-
sized beads separated typically by 500 nm. Such duplexes are
likely to be linked by a RNA/DNA hybrid molecule and so to
be opened (see Note 9).
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2. Initially separate the two traps (about 1.2 μm for the 0.96 μm
beads) so that you can trap each bead in a different trap.

3. Trap one bead in each trap.

4. Move the objective to focus the laser in the sample at about
5 μm above the glass–water interface.

5. Using the piezoelectric stage pull apart the two traps at a
displacement velocity between 5 and 500 nm/s.

6. Monitor the force extension curves in real time and assure that
during the cycle no free beads enter one of the traps otherwise
the force measurement will be erroneous.

7. Finally stretch the molecule until it breaks and calibrate the
force measurement. For instance, a power spectrum can be
recorded and analyzed in order to determine the trap stiffness
and the conversion factor between the force and the output
voltage of the position-sensitive detector electronics.

3.3.3 Example of a Force

Versus Displacement Curve

A typical force versus displacement curve is shown in Fig. 5. First,
the curve exhibits an initial flat region at low displacement
corresponding to a relaxed RNA/DNA hybrid molecule. Then
the force increases nonlinearly with respect to displacement,

Fig. 4 Preparation of a sample cell. (a) Two coverslips are glued together using
Parafilm. (b) The solution containing the RNA/DNA–bead complex is gently
injected into the cell by capillarity. (c) The cell is sealed to avoid evaporation
of the solution
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which corresponds to the elastic response of the double-stranded
RNA/DNA hybrid under stretching.

Next, one can see saw-tooth-shaped features in the force signal
which occur around 10 pN. These features correspond to the
unzipping of the single-stranded RNA part of the molecular con-
struction and involve three intermediate states. Afterwards, force
rises again: one observes the elastic response of both linkers RNA/
DNA hybrids in series with the fully opened single-stranded RNA.

4 Notes

1. As the correctness of all oligonucleotide sequences is of utmost
importance for the success of the whole molecular construction
procedure, one should ensure that all oligonucleotides are of
high purity (if possible, HPLC-purified), and that they are all
subjected to adequate quality-control (for example, by mass
spectrometry).

2. Interference and crosstalk. The two beams used in the dual
optical trap are of perpendicular polarization before entering
the trapping objective. The purpose of the perpendicular polar-
ization is to avoid interference of the two beams to allow
detection and force measurement on only one trap (typically
the fixed one).

Fig. 5 Typical force versus displacement curve of an RNA/DNA hybrid molecule
for 50 nm/s displacement velocity. The radii of the trapped beads have been
subtracted
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Unfortunately, as known from polarization microscopy, the
polarization of light is not fully conserved when going through
conventional microscope objectives [25, 26]. The separation of
the two beams before detection is therefore never complete and
an important problem appears: the beams interfere and create a
parasitic signal when measuring force, especially at high laser
power and small distance between the traps (Fig. 6).
However, a solution for this problem is accessible. One can
shift the frequency of one of the two beams with an acousto-
optic modulator at a few tens of MHz [23]. The beams still
interfere, but the interference pattern moves so fast that the
electronics does not detect it, due to low pass filtering. The
effect of interference can thus be totally eliminated (Fig. 6). A
fraction of light coming from the non-desired beam is still
present but it is usually small enough to be neglected (below
2% of the total force signal in our case).

3. Regulation of the relative height of the two beads. The use of
an acousto-optic modulator on the path of one of the beam or
trapping two different types of beads in the two traps may lead
to an undesirable consequence: the two beads may not be
trapped in the same plane.
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Fig. 6 Force measurements with two 0.97 μm silica beads without DNA trapped
with the frequency shifter on (bottom: kf ¼ 213 pN/μm and P ¼ 910 mW) and
off (top: kf ¼ 192 pN/μm and P ¼ 800 mW). The displacement velocity
between the two beads is 1 μm/s, and sampling is done at 800 Hz with an
anti-aliasing filter of 352 Hz. The signal measured without the frequency shifter
on is shifted vertically for better visualization
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A good estimation of the distance between the two beads along
the axis of beam propagation (z) can be achieved if the setup
has a piezoelectric translator in this direction and two photo-
diodes to measure the force acting on the beads in the z
direction (as the total light received on the detector using the
back focal plane method is proportional to this force). By
oscillating the position of the translator, one can reach posi-
tions where the beads touch the coverslip and determine these
positions by measuring the force acting on the bead in the z
direction, as when a bead touches the coverslip the force in z
direction increases quickly. An example of this measurement is
shown in Fig. 7.
If the distance between the two beads is not the desired one, a
telescope can be added in the path of one of the beam to adjust
its diameter and change the relative height of the bead trapped
by this beam. One should remind that these measurements are
done close to the surface. If the experiment is carried out far
away from the surface, specific calibrations have to be per-
formed. In our case, this adjustment is still correct up to 5 μm.

4. For this, a XhoI restriction site was purposedly designed in
oligo “1a” (with, of course, the mandatory verification that
this restriction site was unique in the DNA sequence) to create
a 50-overhang. It is then possible to fill the overhang with a
polymerase able to incorporate an adequate biotinylated

Fig. 7 Force measurement on two different trapped beads on the z direction
while oscillating the coverslip height. When a bead touches the coverslip, the
force increases quickly. Top curve, measurement for a 1.87 μm polystyrene
bead, bottom curve, measurement for a 0.97 μm silica bead
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nucleotide (we have used biotin-14-dATP): the Klenow Frag-
ment (30! 50 exo-) of E. coliDNA Polymerase I is able to fulfill
this role.

5. In our case, 56 �C corresponds to the optimal hybridization
temperature for the GC content of our handles. In a more
general case, one can refer to the article of Dean [27] to find
the optimal hybridization temperature of any RNA/DNA
hybrid construct.

6. In our hands, we have found that further purification of the
desired molecular construct (i.e. hybrid RNA/DNA with two
DNA handles, as in Fig. 2) was not necessary. The probable
reason for this observation is the following: this molecular
construct is the sole nucleic acid in the preparation possessing
one attached biotin moiety at each one of its extremities. Thus,
the selection of adequate couple of beads during the single-
molecule force experiment (see Subheading 3.3.2, step 1) is
itself a very efficient purification step!

7. Beads and molecular construct concentrations. One has to test
several molecular construction concentrations to work under
optimal conditions for stretching experiments. Moreover, the
molecular construction concentration to be used depends on
the concentration used for the beads. One can typically tune
the bead concentration which allows convenient work for force
measurement and find the right molecular construction dilu-
tion to be used, i.e. between 10 and 50 times in our hands.

8. Thermal drift. The trapping laser is usually chosen so that it
does not significantly damage and warm up too much samples
and biological molecules; near infrared lasers can solve this
issue properly. However, the light power is usually high enough
to induce an unavoidable rise in temperature. Local heating of
the solution close to a trapped particle has been reported
previously and modeled with success [28].

We focus here on heating of the trapping objective. Even if this
heating is the most obvious one, it has not been reported in the
literature. It is important to know to which extent an objective
is heated, first because it will expand and produce mechanical
drift and second because since the immersion objective is in
thermal contact to the sample it can heat the latter. Knowing
the real temperature of a sample is crucial for trap calibration as
well as for temperature-dependent biological processes which
are studied with optical tweezers.
We measured the temperature of the tip of the trapping objec-
tive with a thermocouple (Fig. 8). Initially the objective was at
room temperature and we started the measurement when the
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laser started to go through the objective. After 125 min we
switched off the laser and let the objective cool down. We
found that both heating and cooling can be properly fitted by
simple exponential laws (ΔT e�t/τ) with a typical time τ of
about 20 min and a change in temperature ΔT of about 6.5 �C.
The important consequences of this measurement are the
following:
– Temperature variations induce mechanical drifts that can

expand objectives and translate the position of the focal
point by about ten micrometers.

– Before starting an experiment the laser has to go through
the trapping objective for an hour at least. It should be
avoided to switch off the laser for more than 5 min.

– In steady state the sample temperature can be several
degrees above the ambient temperature.

9. It can be tricky for a new experimentalist to make the distinc-
tion between two stuck beads and those linked by a RNA/
DNA hybrid molecule. The rule of thumb is that the beads
linked by a RNA/DNA hybrid molecule would exhibit an
uncorrelated Brownian motion.
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Fig. 8 Temperature measurement on the trapping objective tip (grey crosses)
and exponential fits for temperature increasing and decreasing (dashed curves).
The trapping laser is switched on at time t ¼ 0 min and switched off at t ¼ 125
min
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Chapter 3

Protein Tethering for Folding Studies

Fatemeh Moayed, Roeland J. van Wijk, David P. Minde,
and Sander J. Tans

Abstract

Optical tweezers allow the detection of unfolding and refolding transitions in individual proteins, and how
interacting molecules such as chaperones affect these transitions. Typical methods that tether individual
proteins are based on cysteine chemistry, which is less suitable for proteins with essential cysteines. Here we
describe a cysteine-independent tethering protocol that can be performed in situ.

Key words Protein folding, Single-molecule detection, Protein–DNA chimera, Cysteine-indepen-
dent linkages, In-situ tethering

1 Introduction

Optical tweezers allow one to study the folding and unfolding dynam-
ics of individual proteins and subdomains. This approach has for
instance provided insight into the step-wise nature of this process
[1], the statistics of these transitions and the elucidation of the under-
lying folding landscape [2–5], the detection of the folding transition
state [6], aggregation intermediate formation [7, 8] as well as the
effect of chaperones on the folding process [9–11]. A common chal-
lenge in these experiments is the ability to specifically tether a single
copy of the protein of interest between two trapped beads, which can
be achieved using DNA strands as linkers [12]. DNA linkers of several
100 nm in length are typically used in order to limit nonspecific
interactions between beads and interference between the laser bead
that trap the bead particles and to minimize the risk of chemical
modifications by reactive oxygen species under laser illumination.

Published methods typically make use of cysteine chemistry to
couple the DNA linkers to the protein [13]. This covalent coupling
method can achieve high resilience to applied forces. However, it
requires the protein of interest to be otherwise free of endogenous
cysteines, while many contain at least one—quite often conserved
and essential. Here we describe a method to tether individual
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proteins with DNA linkers for optical tweezers applications that
does not rely on cysteine chemistry (Fig. 1a). Another advantage of
this method is its simplicity, as the protein can be coupled in-situ
without additional chemical modification steps, directly after
purification.

2 Materials

2.1 Synthesis

of dsDNA Handles

1. Thermal cycler (BIO-RAD).

2. Taq DNA polymerase (New England BioLabs).

3. pUC19 plasmid DNA (New England BioLabs).

4. DNA primers (eurofins).

5. PCR buffer (New England BioLabs).

6. dNTPs (Fermentas).

7. Agarose (Roche).

8. Ethidium bromide (Sigma).

9. 0.5�TBE buffer (Sigma).

10. Gel extraction kit (QIAquick) (Qiagen).

11. Gel imaging instrument (G:Box).

Fig. 1 Protein tethering approach (a) Schematic diagram. A single protein of interest (Maltose Binding Protein,
sMBP) is tethered by means of a DNA linker between two beads. One is held on a position-controlled
micropipette, another by an optical trap allowing force detection. At the C-terminus sMBP is attached to an
Anti-c-myc-coated bead. At the N-terminus, it is connected to the DNA linker via a Neutravidin–Biotin/AviTag
linkage. The DNA linker is coupled to an Anti–digoxigenin-coated bead. (b) Stretching–relaxation cycles show
unfolding and refolding. The protein structure unfolds via two transitions (F! C and C! U). Gray lines show
the theoretical worm like chain curves, see Note 12 (reproduced with permission from ref. 10)
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2.2 Expression

and Purification

of Protein Constructs

1. Low to medium copy plasmid under a T7 promoter, such as
pET-28a(+) (Novagen).

2. Protease-deficient expression strain of Escherichia coli BL21
(DE3) (Novagen).

2.2.1 In Vivo Biotinylation 1. Low copy plasmid encoding the biotin ligase BirA, such as
pBirAcm (Avidity).

2. Kanamycin (50 g/L w/v solution in distilled water).

3. Chloramphenicol (25 g/L w/v solution in ethanol).

4. IPTG (Isopropyl β-D-thiogalactoside).
5. Biotin.

2.2.2 In Vitro

Biotinylation

1. Coupling buffer: 20 mMTris–HCl pH 7.5, 0.2MNaCl, 1 mM
EDTA.

2. Slide-A-Lyzer™ G2 Dialysis Cassettes (Thermo Fisher
Scientific).

3. Maleimide-PEG11-Biotin (Thermo Scientific).

4. TCEP (tris(2-carboxyethyl)phosphine) (Sigma).

5. DMSO (Dimethyl sulfoxide).

6. PD-10 desalting column.

2.3 Preparation

of Antibody-Coated

Beads

1. Polystyrene beads (Spherotech).

2. PolyLink Protein Coupling Kit (Polysciences Inc.).

2.4 Immobilization

of Protein and DNA

Constructs on

Antibody-Coated

Beads

1. Refolding buffer (50 mMHepes, pH 7.6, 100 mMKCl, 5 mM
MgCl2).

2. Neutravidin (Thermo fisher scientific).

3. Rotary mixer (Labinco B.V.).

3 Methods

The protein construct is attached to one bead using anti-myc anti-
bodies, and tethered to a second bead by means of a single dsDNA
handle. This dsDNA handle is attached on one end to the second
bead using anti-digoxigenin antibodies (Fig. 1a).

3.1 Synthesis

of dsDNA Handles

1. The 2553 bps DNA handles are synthesized by PCR using the
Taq DNA polymerase and a pUC19 plasmid DNA as a tem-
plate. Five hundred nanogram of handle is generated at a time
using 50 μl of PCR reaction. The handle is generated by means
of the primer 50-DIG-GTCTCGCGCGTTTCGGTGAT-
GACGG-DIG-G-30 as a forward primer together with the
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primer 50-TA6GTA6CCGCTCATGAGAC 30 as a reverse (6 is
biotin-dT). Polymerase chain reaction reagents for each 50 μl
reaction volume include: 1 unit of Taq polymerase, 5 μl of 10�
PCR buffer, 10 pmol of the forward primer and 10 pmol of
reverse primer, 5 μl of 2 mM dNTPs, and 50 ng of the plasmid
DNA. The PCR profile is as follows: 1 min at 94 �C, 30 cycles
of 30 s at 94 �C, 60 s at 52 �C and 3 min at 72 �C, finally
followed by 10 min at 72 �C and a 4 �C soak.

2. The PCR mixture is applied on 1% agarose gels in 0.5�TBE
buffer at 80 V/cm. Agarose gels are stained with ethidium
bromide (EtBr). DNA handles with proper length (2553 bps)
are then cut from the gel and purified using the gel extraction
kit. The purified handles can be stored at �20 �C for months.

3.2 Expression

and Purification

of Protein Constructs

1. Four repeats of the sequence encoding the c-myc-tag (EQK-
LISEEDL) are introduced by PCR at the C-terminus of the
protein of interest. The N-terminus is used for biotinylation
(see Note 1–3).

2. Biotinylation can be done in vivo or in vitro. For in vivo bioti-
nylation, the sequence encoding Avi-tag (GLNDIFEAQ-
KIEWHE) is introduced at the N-terminus, whereas for
in vitro biotinylation an extra cysteine residue is introduced
there. The correctness of the newly made vector is confirmed
by Sanger DNA sequencing.

3. The c-myc-tagged variant of protein is purified according to
the same protocol as used for the unmodified protein. The only
difference being that for in vivo biotinylation, the biotin ligase
(BirA) is co-expressed together with the protein, while 20 mg/
l Biotin is added to the expression medium in addition to
20 mg/l Chloramphenicol to maintain the BirA encoding
plasmid. Note that this additional antibiotic slows down
growth kinetics.

4. For in vitro biotinylation, the purified protein first is dialyzed in
coupling buffer, and then incubated on ice for 15 min in 5 mM
TCEP containing buffer to reduce disulfide bonds. Biotinyla-
tion is done by adding tenfold molar excess of Maleimide-
PEG11-Biotin (dissolved in DMSO) to the reduced protein
and incubating for 2 h at 25 �C. To remove unreacted Malei-
mide-PEG11-Biotin molecules, the sample can be subjected to
a desalting column.

5. The purified protein sample is checked on a 8% SDS-PAGE gel,
and based on the stability of protein is stored at 4 �C (for same
day experiments) or after flash freezing using liquid nitrogen at
�80 �C (for long-term storage).
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3.3 Bead Preparation 1. Carboxylated polystyrene beads are covalently linked to Anti-
bodies (i.e. Anti-digoxigenin and Anti-c-myc) via a
Carbodiimide-mediated zero-length crosslinking reaction, as
detailed in the following points.

2. 25 μl of 1% (w/v) carboxylated polystyrene microspheres are
washed twice by pelleting at 17,000� g (for 10 min) in a micro
centrifuge tube and resuspended in coupling buffer (400 μl in
the first wash and 170 μl in the second washing step).

3. 20 μl of freshly prepared EDAC (also called “EDC”) solution
(20 mg/ml; prepare by dissolving 1 mg EDAC in 50 μl cou-
pling buffer) is added to the microparticle suspension and
mixed gently end-over-end (see Note 4).

4. 20 μg of desired Antibody (Anti-digoxigenin or Anti-c-myc) is
added and mixture is incubated for 1 h at room temperature
with gentle mixing.

5. The mixture then is washed two times in 400 μl storage buffer.
6. Protein-coated beads are stored in 400 μl storage buffer at 4 �C

until use (see Notes 5 and 6).

3.4 Immobilization

of Protein and DNA

Constructs on Beads

1. Protein-coatedmicrospheres aremadebymixing~5μgof c-myc-
tagged-protein molecules and 1 μl Anti-c-myc-coated beads in
10 μl refolding buffer. After 30min incubation on a rotary mixer
(4 �C), the beads are diluted in 400 μl refolding buffer for use in
optical tweezers experiments (seeNotes 7 and 8).

2. DNA-coatedmicrospheres aremade bymixing ~70 ng of dsDNA
molecules and 1 μl Anti-digoxigenin-coated beads in 10 μl refold-
ing buffer. The beads are incubated for 30 min on a rotary mixer
(4 �C) to get immobilized on the surface (seeNote 8).

3. To couple Neutravidin to the DNA handles, ~1 μg Neutravidin
is added and mixture is incubated for extra 15 min on the
rotary mixer (4 �C).

4. Beads are washed by pelleting at 17,000 � g (for 10 min) in a
micro-centrifuge tube at 4 �C and resuspended in 400 μl
refolding buffer for use in optical tweezers experiments (see
Note 6).

3.5 Tether Formation 1. The protein-coated microspheres are flown into a flow-cell that
is mounted onto the optical tweezers instrument [9]. One
microsphere is captured by an optical trap and held there, or
subsequently positioned onto a micropipette tip.

2. DNA-coated microspheres are flown in, while the previous
sample is flown out. One microsphere is held in an optical
trap (see Note 9). To prevent future interference in trapping,
the rest of the microspheres are flown away using the measure-
ment buffer of choice (see Note 7).
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3. To allow tether formation, the two microspheres are moved in
close proximity of each other, such that a tether can be formed
through interaction of the biotin on the protein end with the
Neutravidin that is bound to the biotin on the DNA end (see
Note 10).

4. Measurements can be performed in a number of ways (seeNote
11). Briefly, cycles of stretching and relaxation allow quantifi-
cation of unfolding and refolding parameters (Fig. 1;
see Note 12). Interactions with buffer components including
chaperones can change the stability of the protein in different
stages of folding, as well as its kinetics and adopted structures
(see Note 13). For instance, chaperones can affect not only the
folding but also the aggregation between proteins, which can
be studied using repeat-protein constructs (Fig. 2).

4 Notes

1. The experiment is sensitive to the quality of protein. It is
important to realize that even low percentage of partly aggre-
gated and/or misfolded protein molecules can lead to poor and
variable results. Using different purification methods and func-
tional tests is recommended to optimize quality.

2. Proteins are immobilized on the surface via their c-myc-tagged
terminus and are connected to DNA linkers through their
biotinylated terminus (using biotin-Neutravidin linkage).
Hence it is important that both ends are accessible. For

Fig. 2 Tethering of a repeat protein construct to study aggregation. (a) The construct is tethered as sMBP in
Fig. 1a. (b) First stretching–relaxation curves show unfolding of natively folded 4MBP. Grey lines represent the
theoretical WLC characterizing the DNA–protein chimera from the folded (F) to the unfolded (U) state. After C-
terminal unfolding (F ! 4) all four MBP repeats unfold one by one (4 ! 3 ! 2 ! 1 ! U). (c) Second or
subsequent stretching curves after relaxation. The stretching traces allow one to probe the aggregated
structure, and identify different types of sub-structures, ranging from tight aggregates that are not unfolded
to weakly aggregated sub-structures that unfold at moderate forces but give rise to step-sizes larger than one
MBP monomer (reproduced with permission from ref. 16)
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proteins with non-accessible termini, extra peptide linkers can
be inserted.

3. We recommend using short linkers (highlighted in bold
below) before the c-myc-tags and between them (LEEQKL
ISEEDLVEEQKLI SEEDLVEEQKLI SEEDLVEEQKLI
SEEDLVD).

4. EDAC is a moisture sensitive compound and will become
inactive upon hydrolysis. It is recommended to store the
EDAC powder tightly sealed in the freezer in presence of
desiccant.

5. To suppress the formation of bead clusters, 10% (v/v) of 1%
Tween can be added to the coupling and storage buffers during
the bead preparation.

6. During the coating process, beads may be lost within the
sequential washing steps. To obtain appropriate samples with
the correct concentration, one can change the volume of stor-
age buffer that is used to store the coated-beads.

7. To have an efficient measurement, one needs to inject proper
number of protein- and DNA-coated-beads into the flow cell.
Bead trapping efficiency decreases when samples are too
diluted, whereas too concentrated samples lead to the trapping
of multiple particles. The concentration of bead samples can be
adjusted by diluting the protein- and DNA-coated beads in
refolding buffer.

8. Multiple tethers or no tethers may form when moving the
microspheres together. To optimize tether formation, one
can titrate the amount of dsDNA on the anti-digoxigenin
microspheres up or down, until single tethers are typically
observed, while no tethers or double tethers are rarely
observed. Other factors are bead interaction distance and
time. One may also titrate the amount of protein attached to
the Anti-c-myc coated microspheres.

9. Issues with the (Antibody-)coating reaction or the presence of
aggregates in the protein sample are two factors that lead to
formation of bead clusters. The clustering of beads simply can
be checked under a light microscope, after every preparation
step. To dissolve small clusters, one can sonicate the coated
beads on ice for 10–15 min.

10. Neutravidin can be substituted with other members of Avidin
family, such as Streptavidin and Avidin [14]. They have similar
affinity to biotin-streptavidin but different selectivity to possi-
ble contaminant proteins. Affinity does not directly predict
behavior under mechanical tension as the lower affinity (i.e.
nanomolar versus femtomolar) StreptagII-Streptactin was
mechanically more resilient [15]. Other short affinity tags
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could be explored as possible alternatives if c-myc-tag would
compromise protein construct solubility or folding in specific
case [14].

11. One way to study protein unfolding and refolding transitions is
by moving the beads apart and back again in alternating cycles.
Most of the time the trap position is moved at constant speeds,
which results in an approximately constant change in force.
Smaller proteins tend to refold during relaxation, while larger
ones typically refold when fully relaxed. In the latter case,
varying the waiting time in the relaxed state allows quantifica-
tion of the refolding rate.

12. Force-extension curves measured from Protein–DNA chi-
mera’s can be fitted using the extensible worm-like chain
model (EWLC) for the DNA tether and the worm-like chain
model (WLC) for unfolded parts of the protein. This allows
one to identify different folded states of the protein by the
measured length, which is dominated by the unfolded seg-
ments of the protein chain.

13. One may study the effect of buffer conditions or molecular
chaperones on the folding and unfolding process. Components
can be flushed in during the experiment while the substrate
protein is in different stages of folding. The interaction times
can be varied to assess binding kinetics.
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Chapter 4

Combining Structure–Function and Single-Molecule Studies
on Cytoplasmic Dynein

Lu Rao, Maren H€ulsemann, and Arne Gennerich

Abstract

Cytoplasmic dynein is the largest and most intricate cytoskeletal motor protein. It is responsible for a vast
array of biological functions, ranging from the transport of organelles and mRNAs to the movement of
nuclei during neuronal migration and the formation and positioning of the mitotic spindle during cell
division. Despite its megadalton size and its complex design, recent success with the recombinant expres-
sion of the dynein heavy chain has advanced our understanding of dynein’s molecular mechanism through
the combination of structure–function and single-molecule studies. Single-molecule fluorescence assays
have provided detailed insights into how dynein advances along its microtubule track in the absence of load,
while optical tweezers have yielded insights into the force generation and stalling behavior of dynein. Here,
using the S. cerevisiae expression system, we provide improved protocols for the generation of dynein
mutants and for the expression and purification of the mutated and/or tagged proteins. To facilitate single-
molecule fluorescence and optical trapping assays, we further describe updated, easy-to-use protocols for
attaching microtubules to coverslip surfaces. The presented protocols together with the recently solved
crystal structures of the dynein motor domain will further simplify and accelerate hypothesis-driven
mutagenesis and structure–function studies on dynein.

Key words Microtubules, Microtubule motor proteins, Cytoplasmic dynein, Recombinant proteins,
Microtubule immobilization, Fluorescence labeling, Single-molecule assays, Optical tweezers, Optical
trapping, Yeast gene manipulation

1 Introduction

Cytoplasmic dynein (referred to here as dynein) is the primary
motor for microtubule (MT) minus-end-directed motility in eukar-
yotes [1–6]. Its function is essential for numerous cellular activities,
such as cell division, cell migration, and the transport of subcellular
cargoes. Not surprisingly, dysfunction of dynein and its cofactors
contribute to a growing number of human diseases, collectively
termed “dyneinopathies” [7–9], including spinal muscular atrophy
(SMA) [10, 11], SMA with lower extremity predominance
(SMALED) [12–14], Charcot-Marie-Tooth disease (type 2)
(CMT) [15], congenital cataracts, and gut dysmotility [9],
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malformations of cortical development [16–20], and other debili-
tating neurodevelopmental and neurodegenerative diseases [15,
18, 19, 21–24]. The molecular mechanisms of dynein and its
cofactors, however, remain largely unknown [3, 25–28], posing a
major barrier to treatment of dyneinopathies.

Dynein is a member of the functionally diverse family of AAA+
ATPases (AAA+: ATPase associated with various cellular activities
[29]). AAA+ proteins typically assemble into hexameric, ring-
shaped structures [30, 31]. In contrast, while dynein and its closest
relative, midasin [32, 33], also contain six AAA+ domains arranged
in a ring, their AAA+ domains are concatenated in a single heavy
chain (HC) polypeptide [27, 34]. Dynein forms a dimer of two
identical HCs, and binds via its tail domain to several other asso-
ciated subunits and accessory proteins that are involved in the
regulation of the motor and in the attachment to a diverse set of
cargos [3]. Dynein’s C-terminal motor domain contains the six
AAA+modules (AAA1–6), the first four of which (AAA1–4) hydro-
lyze and/or bind ATP [28], and three elongated structures that
protrude from the AAA+ ring. The ~15-nm coiled-coil “stalk”
emerges from AAA4 [35] and separates the MT-binding domain
from the AAA+ ring [36], and the coiled-coil “buttress” [36] (or
“strut” [37]) extends from AAA5 and contacts the stalk. The third
element, the ~10-nm “linker” [38, 39], emerges from AAA1 and
connects the tail to the AAA+ ring. While ensemble-based and
single-molecule microscopy techniques combined with mutagene-
sis and structure–function studies have begun to decipher the
function of these elements [40–51], how dynein’s subdomains
work together to generate the coordinated movements of dynein’s
motor domains remains unclear.

Single-molecule motility studies using total internal reflection
fluorescence (TIRF) microscopy permit the measurement of key
biophysical parameters of cytoskeletal motors, such as the on rate of
filament binding, velocity, and processivity (the ability to take mul-
tiple steps before dissociating). To permit high-precision tracking,
the recombinant dynein HC can be tagged at the C-terminal motor
domain or the N-terminal tail using genetic labeling techniques,
such as HaloTags® or SNAP-tags®, to covalently bind bright
organic fluorophores or quantum dots. With these tools, a TIRF
microscope equipped with an electron multiplying CCD
(EMCCD), can resolve the nanometer-scale steps that the highly
processive S. cerevisiae dynein takes along MTs [43, 44]. N-
terminal tags can also be used to couple the motor to polystyrene
trapping beads (which are coated with antibodies against the N-
terminal tag) for use in optical trapping experiments [45, 46, 48].
In an optical trapping experiment, a tightly focused near-infrared
laser beam (the optical tweezers [52]) is used to trap a motor-
coated polystyrene bead. The experimenter can than reposition
the laser beam to place the trapped bead over an MT bound to
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the coverslip. Once a bead-anchored motor binds theMTand starts
to move, it displaces the trapped bead from the trap center. A
restoring force then acts to pull the bead back toward the trap
center, causing the motor to detach or to advance until its move-
ment ceases when its maximum force generation (stall force) is
reached. Critical to both TIRF-based single-molecule fluorescence
and optical trapping experiments is the rigid attachment of poly-
merized MTs to coverslip surfaces [53]. In case of optical tweezers,
it is preferable for the long MT axes to be aligned with the long axis
of the slide chamber.

Below, we provide improved protocols for the efficient genera-
tion of S. cerevisiae mutant strains, for the growth of S. cerevisiae
cells expressing full-length dynein, and for the purification of the
tagged dynein motors. In addition, we present three updated pro-
tocols for attaching MTs to coverslip surfaces: (1) attachment
through biotin-streptavidin linkages, (2) attachment using poly-L-
lysine (PLL)-coated glass surfaces (which yields MTs well aligned
with the long axis of the coverslip), and (3) a new protocol we have
developed which combines elements of the first two protocols in
order to yield well aligned MTs that remain rigidly attached for a
significantly longer period of time—an excellent option for optical
trapping experiments.

2 Materials

2.1 Generation

of Yeast Constructs

2.1.1 Primer design

for PCR

1. Saccharomyces Genome Database (SGD): http://www.
yeastgenome.org/

2. Serial Cloner software for DNA and protein sequence analysis
(Serial Basics: http://serialbasics.free.fr/Home/Home.html).

3. Primer-BLAST (NCBI: https://www.ncbi.nlm.nih.gov/tools/
primer-blast/) or PrimerQuest tool (Integrated DNA Technol-
ogies: https://www.idtdna.com/Primerquest/Home/Index).

4. DNA primers (Integrated DNA Technologies).

5. Kluyveromyces lactics URA3 gene with its promoter and
terminator.

2.1.2 Generation

of Linear Double-Stranded

DNA

1. DNA polymerase: KOD hot start DNA polymerase (EMD
Millipore, #71086), store at �20 �C.

2. PCR tubes: Thermowell Gold 0.2 mL polypropylene PCR
tubes with flat cap (Corning, #3745).

3. 10 mM Tris buffer, pH 7.6.

4. TE buffer: 10 mM Tris, 1 mM EDTA, pH 7.6.

5. Amplyus miniPCR™ (see Note 1).
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6. NucleoSpin Gel and PCR clean-up (Macherey-Nagel,
#740609).

7. NanoPhotometer® (Implen P360).

8. Agarose: Ultrapure agarose (ThermoFisher Scientific,
#16500–100).

9. 5� Tris-Borate-EDTA (TBE) buffer: For 1 L, add 54 g of Tris-
base, 27.5 g of boric acid, and 20 mL of 0.5 M EDTA
(pH 8.0), and fill to 1 L with ddH2O. The working strength
is 0.5�.

10. DNA gel stain: SYBR Safe DNA gel stain, 10,000� (Thermo-
Fisher Scientific, #S33102).

11. blueGel™ electrophoresis system (Amplyus).

12. DNA ladder: 1 Kb plus DNA ladder (ThermoFisher Scientific,
#10787018), store at �20 �C.

13. 5� Orange G loading dye: 0.125% (w/v) Orange G, 2.5�
TBE, 50% glycerol, store at 4 �C.

14. Owl™ EasyCast™ B1A Mini Gel Electrophoresis System
(ThermoFisher Scientific)

2.1.3 Transformation

of Yeast Cells with PCR

Products

1. Yeast stock, stored at �80 �C.

2. Wooden applicators: Fisherbrand plain-tipped applicators,
wood, 15 cm (Fisher Scientific, #23–400-112).

3. Peptone: BD Bacto™ peptone, an enzymatic digest of animal
protein (BD, #211677).

4. Yeast extract: BD Bacto™ yeast extract, water-soluble extract
of autolyzed yeast cells suitable for use in culture media (BD,
#212750).

5. Agar: BD Difco™ agar, granulated, used as a solidifying agent
for culture media (BD, #214530).

6. Dextrose (D-glucose), anhydrous (Fisher Scientific, #D16).

7. Dextrose solution: 40% stock. Add 400 g of dextrose to a 1 L
bottle, fill with ddH2O to 1 L, sterilize by either autoclaving or
filtering via a filter unit (Nalgene rapid-flow sterile disposable
filter units with SFCA membrane, pore size 0.2 μm, diameter
90 mm, ThermoFisher Scientific, #161-0020).

8. Fisherbrand petri dishes with clear lid, 100 � 15 mm (Fisher
Scientific, #FB0875713).

9. YPD plate: For 400 mL, add 8 g peptone, 4 g yeast extract, 8 g
agar, and 380 mL ddH2O to a 500 mL bottle, autoclave. Once
slightly cooled down, add 20 mL of sterilized dextrose solu-
tion, mix well but do not invert. Pour 10–20 mL for each plate.
Stack the plates and leave them on the bench at room tempera-
ture overnight, then store them upside down at 4 �C.
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10. 2� YPD solution: In a 1 L bottle, add 40 g peptone, 20 g yeast
extract, and 900 mL ddH2O, autoclave. Once slightly cooled
down, add 100 mL of sterilized dextrose solution. Mix well,
but do not invert.

11. Frozen-EZ Yeast Transformation II Kit™ (Zymo Research,
#T2001), store at 4 �C.

12. Yeast nitrogen base (YNB) without amino acids: Difco yeast
nitrogen base without amino acids, Wickerham formula (BD,
#291940).

13. Ura dropout (Ura-): Yeast media, Ura dropout mix (Clontech,
#630416).

14. Adenine, semisulfate salt (Sigma-Aldrich, #A9126).

15. Syringe filter unit: Millex-GP syringe filter unit, 0.22 μm, poly-
ethersulfone, 33 mm, gamma sterilized (EMD Millipore,
#SLGP033RS).

16. 60 mL syringe without needle: 60 mL BD Luer-Lok syringe,
nonsterile, polypropolene (BD, #301035).

17. SC/URA- plates: For 400 mL, add 8 g agar and 350 mL
ddH2O to a 500 mL bottle, autoclave. In a sterile 50 mL
conical tube, add 2.9 g YNB without amino acids, 400 mg
Ura-, 8 g dextrose, fill with 50 mL ddH2O, nutate to dissolve,
heat slightly if needed to help dissolve. Sterilize by a syringe
filter unit. Add the mixture to the agar solution and mix well.
Pour and store as for YPD plate.

18. Uracil (Sigma-Aldrich, #U0750).

19. 5-Fluoroorotic acid (5-FOA), monohydrate (Gold Biotech-
nology, #F-230), store at �20 �C.

20. SC/5-FOA plates: For 400 mL, add 8 g agar and 350 mL
ddH2O to a 500 mL bottle, autoclave. In a sterile 50 mL
conical tube, add 2.9 g YNB without amino acids, 400 mg
Ura-, 20 mg uracil, 400 mg 5-FOA, 8 g dextrose, fill with
50mL ddH2O, heat to help dissolve. Sterilize by a syringe filter
unit. Add the mixture to the agar solution and mix well. Pour
and store as for YPD plate.

21. 20 mM NaOH.

22. 50% glycerol, sterilized.

23. Cryogenic tubes: Nalgene general long-term storage cryogenic
tubes, 2 mL (ThermoFisher Scientific, #5000–0020).

2.2 Yeast Growth

and Harvest

2.2.1 Dynein Expressed

Behind Native Promoter

1. 2� YP solution: In a 6 L flask, add 80 g peptone, 40 g yeast
extract, and 1.75 L ddH2O, autoclave.

2. 1 L centrifuge bottle: Nalgene 1 L super-speed centrifuge
bottles with sealing closure (ThermoFisher Scientific,
#3141–1006).
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3. An empty pipette tip box or a plastic container.

4. A styrofoam box.

5. 50 mL serological pipet: Falcon 50 mL serological pipet, poly-
styrene, 1.0 increments (Corning, #357550).

6. Pipette controller: Accu-Jet® pro pipette controller with adjus-
table speed control (BrandTech Scientific, #26330).

7. A metal spoon.

2.2.2 Dynein Expressed

Behind Galactose Promoter

1. D-(+)-raffinose, pentahydrate (Sigma-Aldrich, #R0250).

2. Raffinose solution: 20% stock. In a 150 mL bottle, add 20 g
raffinose and fill with ddH2O to 100 mL, slightly heat to
dissolve. Sterilize either via filtering or autoclaving.

3. 1� YPR solution: In a 1 L bottle, add 20 g peptone, 10 g yeast
extract, and 900 mL ddH2O, autoclave. Once slightly cooled
down, add 100 mL of sterilized raffinose solution. Mix well,
but do not invert.

4. D-(+)-Galactose, anhydrous (Fisher Scientific, #G1).

5. Galactose solution: 40% stock. In a 1 L bottle, add 400 g
galactose and fill with ddH2O to 1 L, heat to dissolve. Sterilize
either via filtering or autoclaving.

2.3 Purification

of Yeast Dynein

1. DL-dithiothreitol (DTT) (Sigma-Aldrich, #D9779): dissolve in
ddH2O to 1 M stock, store at �20 �C.

2. Adenosine 50-triphosphate·Mg (ATP.Mg) (Sigma-Aldrich,
#A2383): Dissolve ATP in 100 mM MgCl2 to 100 mM
stock, store at �20 �C.

3. Pepstatin A (Sigma-Aldrich, #P5318): dissolve in ddH2O to
10 μg/mL stock, store at �20 �C.

4. Leupeptin (Sigma-Aldrich, #L2884): dissolve in ddH2O to
10 μg/mL stock, store at �20 �C.

5. Pefabloc SC (Sigma-Aldrich, #11429868001): dissolve in
ddH2O to 100 mM stock, store at �20 �C.

6. Benzamidine hydrochloride, hydrate (Sigma-Aldrich,
#B6506): dissolve in ddH2O to 200 mM stock, store at
�20 �C.

7. Triton X-100: dilute to 25% (v/v) stock (Sigma-Aldrich,
#X100).

8. 5� Lysis buffer (5�LB): 150 mM HEPES, 250 mM KAc,
10 mM Mg(Ac)2, 5 mM EGTA, 50% glycerol

9. 1� Tev buffer (1�Tev): 50 mMHEPES, 150 mM KAc, 2 mM
Mg(Ac)2, 1 mM EGTA, 10% glycerol.

10. Type 70.1 Ti rotor, fixed angle, titanium, 12 � 13.5 mL,
70,000 rpm, 450,000 � g (Beckman Coulter, #342184).
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11. TLA-110 rotor, fixed angle, titanium, 8 � 5.1 mL,
110,000 rpm, 657,000 � g (Beckman Coulter, #366735).

12. Beckman L7-65 ultracentrifuge.

13. Beckman Optima TLX ultracentrifuge.

14. Eppendorf Refrigerated Microcentrifuge.

15. Ti 70.1 tube: polycarbonate bottle, with cap assembly,
10.4 mL, 16 � 76 mm (Beckman, #355603).

16. TLA-110 tube: Polycarbonate tube, thickwall, 3.2 mL,
13 � 56 mm (Beckman, #362305).

17. Columns: Poly-Prep chromatography columns, 9 cm high,
2 mL bed volume (0.8 � 4 cm) (Bio-Rad, #7311550).

18. Grinder (KitchenAid model BCG1110B).

19. A metal spatula.

20. Transfer pipets: BD Falcon disposable transfer pipets, 3 mL
(BD, #357524).

21. Glass Pasteur pipets: Fisherbrand disposable borosilicate glass
Pasteur pipets, 9 in. (Fisher Scientific, #13–678-20C).

22. IgG beads: IgG Sepharose 6 fast flow, 10 mL (GE Healthcare,
#17-0969-01).

23. A nutating mixer.

24. HaloTag fluorescent ligands (Promega) or SNAP-tag fluores-
cent ligands (New England BioLabs).

25. Tev protease: AcTev protease, 10 units/μL (ThermoFisher
Scientific, #12575015).

26. Low retention microcentrifuge tubes: Fisherbrand siliconized
low-retention microcentrifuge tubes, 0.5 mL (Fisher Scientific,
#02–681-311).

27. 5� SDS loading buffer: 0.25% (w/v) bromophenol blue, 10%
(w/v) sodium dodecyl sulfate (SDS), 0.5MDTT, 0.25M Tris,
50% (v/v) glycerol, pH 6.8.

28. Gradient gel: NuPAGE® 4–12% bis-tris protein gels, 1.5 mm,
15-well, store at 4 �C (ThermoFisher Scientific, #NP0336BOX).

29. Novex XCell SureLock™ mini-cell electrophoresis system
(ThermoFisher Scientific, #EI0001).

30. Running buffer: NuPAGE® MOPS SDS running buffer, 20�
(ThermoFisher Scientific, #NP0001), dilute to 1� prior to
usage.

31. Gel stain: InstantBlue™ protein stain (Expedeon, #ISB1L).

32. An Odyssey® imaging system (LI-COR Biotechnology).
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2.4 MT Binding and

Release Purification

of Yeast Dynein

2.4.1 Polymerization

of MTs

1. Paclitaxel (Sigma-Aldrich, #T7191): dissolve in DMSO to
10 mM stock, store at �20 �C.

2. BRB80 with 10% glycerol: 80 mM PIPES, 2 mM MgCl2,
1 mMEGTA, 10% glycerol, pH 6.8, store at room temperature
for short term and at 4 �C for long term.

3. BRB80 with 60% glycerol (glycerol cushion): 80 mM PIPES,
2 mM MgCl2, 1 mM EGTA, 60% glycerol, pH 6.8.

4. Guanosine 50-triphosphate·Mg (GTP.Mg) (Sigma-Aldrich,
#G8877): Dissolve GTP in 100 mM MgCl2 to 100 mM
stock, store at �20 �C.

5. Tubulin (purified from porcine brain; Cytoskeleton Inc.,
#T240): 5 mg/mL stock. Dissolve one vial of tubulin (1 mg)
in 200 μL BRB80 with 10% glycerol, aliquot into 5 μL
volumes, flash-freeze and store at �80 �C.

6. TLA-100 rotor tube: Polycarbonate tube, thickwall, 230 μL,
7 � 21 mm (Beckman Coulter, #343775).

7. TLA-100 rotor, fixed angle, titanium, 20 � 0.2 mL,
100,000 rpm, 436,000 � g (Beckman Coulter, #343837).

2.4.2 MT Binding

and Release Purification

1. Sucrose cushion: 30 mMHEPES, 2 mMMgCl2, 1 mMEGTA,
150 mM KCl, 25% (w/v) sucrose, 10% glycerol, pH 7.4.

2. Wash buffer: 30 mM HEPES, 2 mM MgCl2, 1 mM EGTA,
150 mM KCl, 10% glycerol, pH 7.4.

2.5 Polymerization

of MTs for

Single-Molecule

Assays

2.5.1 Polymerization

of Functionalized MTs

1. Cy3- or Cy5-labeled tubulin (labeling of tubulin with mono-
NHS dyes has been previously described in detail [53]): pre-
pare aliquots with 1 μg labeled tubulin per aliquot.

2. Biotinylated tubulin (Cytoskeleton Inc., #T333P): 20 μg/vial.
Dissolve one vial in 20 μL BRB80 with 10% glycerol, aliquot to
1 μL per aliquot, flash-freeze and store at �80 �C.

2.5.2 Polymerization

of Polarity-Marked MTs

1. Rhodamine-labeled tubulin: 20 μg/vial (Cytoskeleton Inc.,
#TL590M).

2.6 Coverslip

Preparation for MT

Attachment

2.6.1 Immobilization via

Biotin–Streptavidin

Interaction

1. Coverslips: No. 1.5H, 170� 5 μm thickness, 18mm� 18mm,
high performance, ISO 8255 compliant (Zeiss,
#474030–9000-000).

2. Glass slides: Fisherbrand Superfrost disposable microscope
slides, 1 mm thickness (Fisher Scientific, #12-550-123).

3. Coverslip rack: Wash-N-Dry™ coverslip rack (Sigma-Aldrich,
#Z688568).

4. Jars: Nalgene™ straight-sided wide-mouth polycarbonate jars
with closure, 125 mL (ThermoFisher Scientific, #2116–0125).

5. 1 M HCl, 100 mL.
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6. Ethanol, 100 mL.

7. 30% ethanol, 100 mL.

8. 50% ethanol, 100 mL.

9. BSA-biotin (Pierce bovine serum albumin, biotinylated; Ther-
moFisher Scientific, #29103): Dissolve in BRB80 with 10%
glycerol to create a 5 mg/mL stock solution. Aliquot into
15 μL volumes and store at �80 �C.

10. Streptavidin (Pierce streptavidin; ThermoFisher Scientific,
#21122): Dissolve in BRB80 with 10% glycerol to 5 mg/mL
stock, aliquot into 4 μL volumes and store at �80 �C.

11. BSA: 50mg/mL in BRB80 with 10% glycerol, store at�20 �C.

12. BRB80 with supplements (BRB80-s): 80 mM PIPES, 2 mM
MgCl2, 1 mM EGTA, 20 μM paclitaxel, 1 mM DTT, aliquot
into 200 μL volumes and flash-freeze, store at �20 �C.

2.6.2 Immobilization via

Poly-L-Lysine

1. 25% (v/v) HNO3 solution, 250 mL.

2. 2 M NaOH solution, 250 mL.

3. Poly-L-lysine solution (PLL) (Sigma-Aldrich, #P8920): 0.1%
(w/v) stock, 100 mL, keep in a jar. Dilute 10 mL in 90 mL
ddH2O to 0.01% (w/v), keep in a jar.

4. Tween-20 solution (Tween 20 Surfact-Amps detergent solu-
tion; ThermoFisher Scientific, #28320): 10% (v/v) stock,
dilute 1 mL in 99 mL ddH2O to 0.1% (v/v), keep in a jar.

2.6.3 Immobilization via

PLL and Biotin-Streptavidin

Interactions

1. NHS-biotin (EZ-link NHS-biotin; ThermoFisher Scientific,
#20217): Dissolve in DMSO to 100 mM stock, aliquot into
2 μL volumes, flash-freeze and store at �20 �C.

2. Coupling buffer: 100 mM Na3PO4, adjust to pH 7.4 with
HCl.

3. HME30: 30 mM HEPES, 2 mM MgCl2, 1 mM EGTA,
pH 7.4.

2.7 Single-Molecule

Assays

2.7.1 Single-Molecule

Fluorescence Assay

1. HME30 with supplements (HME30-s): 30 mM HEPES,
2 mM MgCl2, 1 mM EGTA, pH 7.4, 20 μM paclitaxel,
20 mM glucose, 1 mM DTT, 2 mM Trolox, aliquot into
200 μL volumes and flash-freeze, store at �20 �C (seeNote 2).

2. β-Casein: 25 mg/mL, prepared as described in detail previ-
ously [53], store at �20 �C.

3. POC oxygen scavenging system: prepared as described in detail
previously [54], store at �80 �C.

4. Vacuum grease.

2.7.2 Optical Trapping

Assay

1. AntiGFP antibody-coated polystyrene beads: prepared as
described in detail previously [54], store at 4 �C.
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2. α-casein (Sigma-Aldrich, #C6780): 25 mg/mL stock. Prepare
in the same way as β-casein, aliquot into 5 μL volumes, flash-
freeze and store at �20 �C.

3. Phospho(enol)pyruvic acid, monopotassium salt (PEP)
(Sigma-Aldrich, #P7127): 100 mM stock. Dissolve PEP in
100 mM MgCl2 to 100 mM, store at �20 �C.

4. Pyruvate kinase (PK) (Pyruvate kinase from rabbit muscle, type
III; Sigma-Aldrich, #P9136), 1 unit/μL stock. Dissolve in
BRB80 with 10% glycerol to 1 unit/μL stock, aliquot into
1.5 μL volumes, flash-freeze and store at �80 �C.

3 Methods

3.1 Generation

of Yeast Constructs

Yeast cell transformation with specifically designed PCR products
or plasmids is indispensable for manipulating yeast genes [55]. The
following protocols provide detailed steps to generate constructs
for single-molecule structure–function studies. Here, we use the
yeast dynein heavy chain gene as an example, but in principle it can
be applied to most yeast genes (see Note 3). To generate a yeast
dynein heavy chain construct that contains only the desired modifi-
cation such as insertions, deletions, or mutations/replacements, we
use a standard two-step PCR-mediated yeast transformation
method [56] (Fig. 1a). First, the yeast selection marker URA3 is
used to disrupt the target gene. A medium without uracil is then
used for selection, since yeast without the URA3 insertion cannot
grow in such conditions. In the second transformation step, the
desired DNA sequence replaces the URA3 marker using 5-FOA as
a selection reagent (see Note 4).

3.1.1 Primer Design

for PCR

Because of the high efficiency homologous recombination mecha-
nism in yeast, foreign DNA can readily be incorporated into the
yeast genome. For homologous recombination to occur, the flank-
ing sequences of the insertion gene must overlap with the 50 and 30

ends of the endogenous gene. To achieve good transformation
efficiency, primers must be designed to ensure an adequate length
of overlap between the flanking sequences of the insertion and the
50 and 30 ends of the endogenous gene (see Note 5).

1. Locate the dynein heavy chain gene (DYN1) in the Saccharo-
myces Genome Database (SGD), and obtain the genomic
DNA sequence with �1 kb (see Note 6).

2. Locate the site in the gene for the insertion, deletion, or
mutation, and then select the sites for the flanking sequences
(~500 bp upstream from the beginning and ~500 bp down-
stream from the end of the site) (see Note 7).
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Fig. 1 (a) Scheme of PCR-mediated two-step yeast transformation. During the first transformation, the
targeted gene (yellow) is replaced by linear URA3 gene (pink) with flanking DNA (striped). The flanking DNA
overlaps with yeast’s endogenous sequences so it can be integrated into yeast genome through homologous
recombination. In the second step, the PCR product containing the target gene with intended modifications
(green) replaces the URA3 in the genome via 5-FOA selection. (b) Scheme of primer design for generating
URA3-containing PCR product. To generate a sequence with flanking DNA that overlaps with yeast genome,
primer pairs that are upstream and downstream of the targeted sequence are obtained. The target sequence
(yellow) together with ~500 bp both up- and downstream is selected, and the sequence is run through a
primer design tool to obtain forward and reverse primers that are within ~150–300 bp from the targeted
sequence (“F” and “R”). Next, pairs of primers are designed to stitch the flanking yeast sequence with URA3.
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3. Design a pair of primers, 20–30 bp in length, that are
~150–300 bp upstream and downstream of the targeting site
(designated “F” and “R” in Fig. 1b) (see Note 8). Make sure
the reverse primer has the reverse complementary sequence of
the targeted sequence.

4. Next, stitching primers need to be designed. To generate the
stitching primer for the upstream flanking region, combine
20–30 bp upstream of the 50 end of the targeted site with
20–30 bp of the 50 end of the URA3 gene, and then convert
it to its complimentary sequence (the “R-stitch” primer in
Fig. 1b). For the downstream flanking region, combine
20–30 bp of the 30 end of URA3 with 20–30 bp downstream
of the targeted site as the “stitch-F” primer (Fig. 1b). The 50-
flanking sequence (with the URA3 overhang) can then be
amplified with “F” and “R-stitch” primers, and the 30-flanking
sequence with “stitch-F” and “R” primers, using the yeast
genome as a template (see Subheading 3.1.2 for gene amplifi-
cation protocol).

5. The URA3 gene with its promoter and terminator can be
amplified using the following primers: 50-GTGATTCTGGG-
TAGAAGATCGG (“UF” in Fig. 1b) and 50-CGATGATG-
TAGTTTCTGGTTTTTAA (“UR” in Fig. 1b). Note that
URA3 of Kluyveromyces lactis is used instead of URA3 of S.
cerevisiae to prevent undesirable recombination with its endog-
enous site.

6. The final gene insertion product can now be generated using
“F” and “R” as primers and the mixture of 50-flanking DNA,
30-flanking DNA, and URA3 as template, as described in Sub-
heading 3.1.2.

3.1.2 Generation

of Linear Double-Stranded

DNA

PCR is used to generate linear double-stranded DNA for yeast
transformation. Protocols for PCR have been well established,
and the optimization and troubleshooting of PCR have been exten-
sively reviewed [57, 58]. Here we only intend to provide a standard

�

Fig. 1 (continued) To generate the stitching primer for upstream, 20–30 bp upstream of the 50 end of the
targeted site is combined with the first 20–30 bp of the 50 end of the URA3 (pink), and then converted into its
complementary sequence (“R-stitch” primer). To make the downstream stitching primer, the last 20–30 bp of
the 30 end of URA3 is combined with 20–30 bp downstream of the targeted site (“stitch-F” primer). Using
yeast genome as template, the 50-flanking sequence (along with the first 20–30 bp of the URA3 gene) can now
be amplified with the “F” and “R-stitch” primers by PCR, while the 30-flanking region can be amplified with the
“stitch-F” and “R” primers. “UF” (50-GTGATTCTGGGTAGAAGATCGG) and “UR” (50-CGATGATG-
TAGTTTCTGGTTTTTAA) primers are used to amplify URA3 with its promoter and terminator. The final PCR
product can then be generated using “F” and “R” as primers and the mixture of 50-flanking DNA, 30-flanking
DNA, and URA3 as template. The same scheme applies for the second step of the yeast transformation,
wherein the modified gene of interest (green in a) replaces the URA3 gene via homologous recombination
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PCR protocol using KOD hot start DNA polymerase, which is
sufficient to handle reactions described in this chapter (seeNote 9).

1. Create master-mix aliquots for 50 μL PCR reactions: Pre-mix
500 μL 10� reaction buffer, 500 μL dNTPs (2 mM each),
300 μL 25 mMMgSO4, and 3.2 mL ddH2O, aliquot into PCR
tubes in 46 μL volumes, flash-freeze and store at �20 �C. For
each reaction, only the primers, template, and DNA polymer-
ase need to be added.

2. Prepare primers: Dissolve the primers in 10 mM Tris buffer to
10 μM final concentration. Flick the tubes several times to help
dissolving, do not sonicate. Store at 4 �C short term (up to 1
week), and �20 �C long term (see Note 10).

3. PCR: Take out one master-mix PCR aliquot from the freezer,
add 1.5 μL of each primer, 1 μL 10 ng/μL template (if the
template is genomic yeast DNA, see steps 8 and 9 in Subhead-
ing 3.1.3), and 0.5 μL DNA polymerase, mix well. Apply
standard cycling conditions to set up and start PCR. Purify
the PCR products using the DNA cleanup kit. Measure the
DNA concentration using the NanoPhotometer and verify the
PCR products by DNA electrophoresis.

4. Prepare agarose gel: Based on the size of PCR products, choose
a suitable percentage (w/v) of the agarose gel for DNA elec-
trophoresis and calculate the weight of agarose for a 20 mL gel.
Measure the agarose in a 50 mL conical tube, add 20 mL of
0.5� TBE buffer, and microwave the solution to dissolve the
agarose. Do not completely tighten the cap, and make sure it
does not boil. Once the gel cools down slightly, add 2 μL of
DNA gel stain, mix well, and pour into the blueGel gel box
with appropriate comb(s) in place. Allow the gel to cool down
to solidify. Put the gel tray into the blueGel chamber, fill with
0.5� TBE buffer until it covers the gel, and gently pull out the
comb.

5. Prepare and load the samples: For each sample, mix 1 μL of
DNA ladder or PCR product, 1 μL of 5� Orange G loading
dye, and 3 μL of ddH2O in a 0.5 mL tube. Carefully load the
samples into the wells, and run for 30–45 min.

6. Visualize DNA: Visualize the bands using blue light. If a PCR
product is clean and its size is as expected, store the PCR
product from step 3 at 4 �C for short term or at �20 �C for
long term.

7. Purify DNA via agarose gel: If there are side products, use gel
purification to extract the correct product. Prepare 50 mL
agarose gel with 5 μL of DNA gel stain, pour into the B1A
gel tray, and insert the B1A-6 comb with 1.5 mm thickness.
Allow the gel to solidify. Put the gel into the gel box, fill both
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chambers with 0.5� TBE until it covers the gel, and gently pull
the comb out. Mix 30 μL of the PCR product from step 3 and
7.5 μL of 5�Orange G loading dye in a 0.5 mL tube. Carefully
load the sample into a well. Run at 100 V for 30–45 min (see
Note 11). Weigh a 2 mL tube on a fine balance and zero the
balance. Carefully cut the correct DNA product out using a
clean razor and put it into the 2 mL tube, measure the weight,
and purify it with the DNA cleanup unit.

3.1.3 Transformation

of Yeast Cells with PCR

Products

Various methods have been developed for yeast transformation
[59], with the LiAc/carrier DNA/PEG method being one of the
standard methods [60, 61]. Here, we apply the Frozen-EZ Yeast
Transformation II Kit™ instead, which is easier and faster to use,
since it does not require carrier DNA and heat shock (seeNote 12).
Below, we describe how to transform yeast cells with DNA products
and for how to verify a successful transformation. The protocol
(steps 1–12) is executed twice, first with the URA3-containing
PCR product, then with the target DNA (to displace the URA
sequence inserted in the first transformation). All steps that involve
yeast cells must be performed using sterile techniques.

1. Take out a glycerol stock of the mother strain (first transforma-
tion) or the yeast strain with the inserted and verified URA
sequence (second transformation) from the �80 �C freezer,
and place it on dry ice to prevent melting. Use a sterile wooden
applicator to scrap yeast cells from the tube, and streak onto a
YPD plate. Parafilm the edges of the plate and incubate at
30 �C for 2–3 days until colonies are large enough (~1–2 mm
in diameter).

2. Flame the tip of a metal tweezer and use the tweezer to pick a
sterile 200 μL pipette tip. Scoop a single colony from the plate
and drop the pipette tip into 3–5 mL of 2� YPDmedia to start
the inoculation. Allow the cells to grow overnight at 30 �Cwith
shaking.

3. Measure the OD600 of the overnight culture (saturated at
OD600 ~ 40) and dilute an appropriate volume of the culture
into 10 mL 2� YPD to begin the growth at a starting OD600 of
0.2. Grow for ~4–6 h with agitation at 30 �C to reach log
phase.

4. Centrifuge the culture at 1000 rcf for 3 min to pellet the cells.
Discard the supernatant and use residual liquid to resuspend
the cells, and then transfer to a sterile 2 mL tube.

5. Proceed to transform the yeast cells with the URA3-containing
PCR products (first transformation) or with the DNA target
sequence to displace URA3 (second transformation) using the
Frozen-EZ Yeast Transformation II Kit™ as specified by the
vendor.
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6. Resuspend yeast cells in 2 mL of 2� YPD and shake at 30 �C
for 2 h to recover (see Note 13).

7. Pellet the cells at 1000 rcf for 30 s and remove the supernatant,
then wash once with 1 mL sterile ddH2O. Resuspend the cell
pellet in 100–200 μL of sterile ddH2O, and then spread onto a
SC/URA- selection plate (first transformation) or on a SC/5-
FOA selection plate (second transformation). Parafilm the edge
of the plate, and incubate at 30 �C for 2–3 days.

8. Verify that the yeast cells have correctly incorporated the PCR
products by using PCR to amplify the sequence of interest
using the transformed yeast genome as the template, and
then sequence the PCR products. To do so, mark 4–8 colonies
on the plate. For each colony, use a 200 μL pipette tip to pick
half a colony and resuspend in 40 μL of 20 mMNaOH. Boil for
10 min, then vortex for 20 s, and centrifuge at max speed for
3 min to remove cell debris (for the URA insertion step, 1–2
colonies are usually sufficient).

9. Set up PCR reactions as in step 3 in Subheading 3.1.2. Use
2 μL of the supernatant of the lysed cells of the previous step as
template for a 50 μL PCR reaction. Extend the annealing time
to 30 s, and use 35 cycles instead of 25 cycles.

10. Verify the PCR products by DNA electrophoresis as described
in steps 4–6 in Subheading 3.1.2.

11. Choose and purify the PCR products that have the correct size,
and send for sequencing.

12. Once the sequence is confirmed, pick the correct colony and
inoculate in 5 mL 2� YPD as in step 2. After overnight
growth, add 1 mL of the overnight culture and 0.5 mL of
sterile 50% glycerol to a cryogenic tube. Store at �80 �C (see
Note 14).

3.2 Yeast Growth

and Harvest

3.2.1 Dynein Expressed

Behind Native Promoter

Yeast dynein’s only known function is nuclear positioning during
cell division [62, 63]. It is therefore customary to harvest yeast cells
during the log phase when the cells are actively dividing, with the
assumption that dynein expression is highest during cell division.

1. Inoculate the pre-culture: Streak the yeast cells and start the
pre-culture as in steps 1 and 2 in Subheading 3.1.3.

2. Grow into log phase: Inoculate 45 mL of 2� YPADmedia with
5 mL of the overnight culture in a 250 mL sterile flask and
shake at 30 �C overnight, then add the culture into a 6 L flask
containing 1.75 L 2� YP solution and 200 mL sterile dextrose
solution. Shake at 30 �C for 6–8 h.

3. Harvest the cells: Distribute the 2 L cell culture evenly between
two 1 L centrifuge bottles and weigh out and balance both
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bottles, then harvest the cells by centrifugation at 4000 rcf for
3 min at 4 �C.

4. Wash the cells: Discard the supernatants of both bottles, and
resuspend the pellet of one bottle with 200–300 mL ddH2O.
Transfer the resuspended cells into the other bottle with the
remaining pellet and add an additional 200–300 mL of
ddH2O. Resuspend the pellet, and fill up the bottle to approxi-
mately 1 L. Weigh out and balance the bottle with a centrifuge
bottle containing 1 L ddH2O and harvest the cells again by
centrifugation at 4000 rcf for 3 min at 4 �C, then discard the
supernatant.

5. Resuspend the cells with a 50 mL serological pipette using the
residual water. If necessary, add stepwise 0.5 mL ddH2O until
the pellet can be resuspended.

6. Drop-freeze the cell slurry into liquid nitrogen: Put a used
pipette tip box or a plastic container in a styrofoam box and
pour liquid nitrogen into the plastic container. Use the 50 mL
serological pipette to drip the cell slurry dropwise into the
liquid nitrogen (see Note 15). The frozen yeast bears some
resemblance to popcorn at this state (see Note 16). Chill a
metal spoon in liquid nitrogen and use it to transfer droplets
into a 50 mL conical tube, then store the tube at �80 �C.

3.2.2 Dynein Expressed

Behind Galactose Promoter

Yeast protein expression can be induced by galactose via GAL
promoters. Here, the divergent GAL1-GAL10 promoter [64] is
inserted before the dynein heavy chain gene [65]. However, this
method can only be used for the tail-truncated dynein, which does
not bind to and whose function does not dependent on the pres-
ence of the intermediate chain, light intermediate chain, and light
chain of dynein [44, 45, 65]. Full-length dynein should not be
expressed behind the galactose promoter, as this would result in
motility defects and aggregation due to the substoichiometric con-
centrations of the dynein subunits [47, 66]. For expression behind
the galactose promoter, it is important to minimize the dextrose
concentration during galactose induction, as the galactose pro-
moter is strongly repressed by dextrose [67, 68]. To circumvent
this problem, just before the final induction step, the pre-culture is
transferred to a media containing raffinose, which is a poor carbon
source that relieves the dextrose-induced repression of the galac-
tose promoter [68].

1. Streak the yeast cells on to a YPD plate and start the pre-culture
as in steps 1 and 2 in Subheading 3.1.3.

2. Inoculate the overnight culture into 45 mL of 1� YPR and
shake for 8 h at 30 �C.
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3. Inoculate the 1� YPR cell culture into a flask containing 1.75 L
of 2� YP solution and 200 mL sterilized galactose solution and
shake for 18–24 h at 30 �C.

4. Follow steps 3–6 in Subheading 3.2.1 to harvest cells.

3.3 Purification

of Yeast Dynein

The full dynein complex (Dyn1471kDa) is purified via its heavy
chain, which contains a ZZ-tag at the N-terminus followed by a
TEV cleavage site [65]. After cell lysis and an ultracentrifugation
step, dynein is bound to IgG beads via the ZZ-tag. After washing
the beads, dynein is cleaved from the IgG beads with TEV protease.
The same method is used to purify tail-truncated dynein expressed
behind the galactose promoter. The procedures, which are to be
performed in the cold room if not specified otherwise, describe in
detail how to purify and label dynein with a fluorescent dye.

3.3.1 Prepare the Buffers 1. Lysis buffer (LB): Add 60 μL of 1 M DTT, 100 mM ATP.Mg,
10 μg/mL pepstatin A, 10 μg/mL leupeptin, 300 μL of
100 mM pefabloc SC, 600 μL of 200 mM benzamidine, and
1.92 mL ddH2O to 12 mL of 5� LB to yield 15 mL of 4� LB.
Then, add 6 mL 4� LB to 18 mL ddH2O to yield 24 mL
1� LB. Finally, add 288 μL of 25% (v/v) Triton X-100 to the
remaining 9 mL of 4� LB. Keep on ice.

2. Tev release buffer (Tev): Add 10 μL of 1 M DTT, 100 mM
ATP, 50 μL of 100 mM pefabloc SC, 80 μL 25% (v/v) Triton
X-100 to 10 mL 1� Tev. Keep on ice.

3.3.2 Lyse the Cells 1. Prechill a Type 70.1 Ti rotor and a TLA-110 rotor overnight in
the refrigerator. Set the Beckman L7–65 ultracentrifuge and
Beckman Optima TLX ultracentrifuge to 4 �C. Prechill four
Type 70.1 Ti rotor tubes with caps, four TLA-110 rotor tubes,
a 250 mL glass beaker, a 50 mL serological pipette, a glass
Pasteur pipette, two chromatography columns, and a 50 mL
conical tube in the refrigerator.

2. Chill the coffee grinder and its plastic lid with liquid nitrogen
for a fewminutes. Test the functionality of grinder to make sure
the blade is not stuck.

3. Take one conical tube with the frozen cell droplets from the
�80 �C freezer. Transfer the droplets into the grinder and start
grinding. Stop grinding as soon as a sign of melting appears on
lid (~2 min).

4. Chill a metal spatula in liquid nitrogen. Use it to transfer the
ground yeast powder into the prechilled 250 mL glass beaker,
then add 3–4 mL 4� LB to the powder (~1 mL per 10 mL
yeast powder).

5. Place the beaker immediately into a 37 �C bath to thaw the
powder. Stir the powder gently with a plastic transfer pipette to
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thaw the powder evenly. When the mixture is close to
completely thawed, place the glass beaker quickly back on ice
(make sure that the beaker is surrounded by sufficient ice so
that the upper level of the powder slurry is also close to the ice).

3.3.3 Clear the cell lysate 1. Use the prechilled 50 mL serological pipet to estimate the
volume of the lysate and add an additional 4� LB to the
solution to achieve a 1� LB final concentration.

2. Use the pipet to fill 2–4 Type 70.1 rotor tubes with roughly
equal amounts of lysate. Fill the tubes to at least 2/3 of their
volumes to prevent a potential collapsing of the tubes during
centrifugation. Keep them on ice.

3. Wipe off the outside of the tubes with a Kimwipe to remove ice
and water, and weigh each tube together with the cap. Transfer
sample between tubes using a transfer pipette to balance each
pair of tubes with a precision of �0.1 g, and then tighten the
caps.

4. Dry the outside of the tubes again and place the pairs of equal
weight in opposite positions in the Type 70.1 rotor. Tighten
the rotor’s lid and place the rotor in a Beckman L7–65 ultra-
centrifuge. Once the vacuum is pulled below 250 micron,
centrifuge at 65,000 rpm for 30 min at 4 �C. When the centri-
fugation finishes, take out the rotor. Set centrifuge to 18 �C
and pull vacuum again to prevent condensation.

5. Put the tubes quickly on ice, and place the prechilled 50 mL
conical tube also on ice. Transfer the supernatants of all tubes
into the 50 mL conical tube using the prechilled glass Pasteur
pipet. Leave ~0.5 mL in each tube to avoid transferring debris
near the pellets.

6. After the supernatants have been transferred, pipette the solu-
tions left in the tubes (without disturbing the pellets) into the
TLA-110 rotor tubes, and balance the tubes. Place the tubes
into the TLA-110 rotor, tighten the rotor lid, and place the
rotor into the Beckman Optima TLX ultracentrifuge, then
centrifuge at 100,000 rpm for 10 min at 4 �C.

7. Pipette the supernatants to the 50 mL conical tube from step
12. Reserve 2 μL of the lysate for SDS-PAGE gel analysis (LY
in Fig. 2a).

8. Estimate the volume of the lysate and add ATP.Mg and pefa-
bloc SC to final concentrations of 0.1 mM and 0.5 mM,
respectively.

3.3.4 Purify dynein via its

ZZ-tag

1. During centrifugation, take the IgG beads from the refrigera-
tor and invert the tube several times until beads are completely
resuspended. Pipette 250 μL of the bead slurry into the pre-
chilled chromatography column using a 1000 μL pipette tip cut
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at its tip. Wash twice with 2.5 mL 1� LB using a serological
pipette. Cap the bottom of the column when the total volume
of the bead slurry and solution in the column decreases to
~500 μL. Resuspend the beads in the column using a cut
1000 μL pipette tip and then transfer the washed beads to the
lysate in the 50 mL conical tube.

2. Tighten the cap of the conical tube and seal with parafilm.
Nutate the tube at 4 �C for 1 hr.

3. Take the other prechilled column from refrigerator, and trans-
fer the lysate into the column. Allow the solution to run
through the column by gravity flow. Collect 2 μL of flow-
through for gel analysis (FT in Fig. 2a).

4. Wait until the solution level is close to the bead surface. Use a
fresh plastic transfer pipet to wash the beads with 3 � 5 mL of
1� LB. When ~100 μL solution remains on top of the beads
(~350 μL total volume), cap the end of the column. Save 8 μL
of the flow-through from the final wash step for gel analysis
(W1 in Fig. 2a).

Fig. 2 (a) A representative SDS-PAGE 4–12% gradient gel for dynein purification. The dynein is a full-length
dynein expressed behind its native promoter (Dyn1471kDa) [65]. Due to the low concentration of native dynein,
its associated subunits generally are not visible by InstantBlue staining. The lower bands in lane “B” are due to
the IgG antibodies. Lmolecular ladder, LY lysate, FT flow-through,W1 wash 1,W2 wash 2, S sample, B beads.
(b) A representative SDS-PAGE 4–12% gradient gel for dynein microtubule binding release purification. In this
example, the dynein is a truncated construct with an N-terminal GST tag (Dyn1331kDa) [65]. L ladder, S sample,
S1 supernatant 1, P1 pellet 1, S2 supernatant 2, P2 pellet 2
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3.3.5 Label dynein with

fluorescence dyes

1. Add HaloTag® ligand or SNAP-tag® ligand to a final concen-
tration of ~10 μM to the column with the beads.

2. Incubate the beads at room temperature for 10 min. Stir gently
using a metal spatula but avoid stirring beads onto the column
walls.

3. Bring the column back to the cold room. Remove the cap and
let the solution drain completely, then wash the beads first with
the remaining 1� LB, then with 3 � 3 mL of 1� Tev. Follow-
ing the final wash step, cap the column again once a volume of
~200 μL is left in the column. Take an 8 μL sample of the final
flow-through for gel (W2 in Fig. 2a).

3.3.6 Cleave dynein from

beads

1. Place a 2 mL microcentrifuge tube on ice and cut the tip of a
200 μL pipette tip. Resuspend beads by gently pipetting up and
down, and transfer the beads to the 2 mL tube. Add 200 μL 1�
Tev to the column and resuspend remaining beads, then trans-
fer to the 2 mL tube. Repeat until all beads are transferred. Let
the beads settle for 5 min, then remove supernatant until
150 μL of 1� Tev is left. Add 4 μL AcTev protease.

2. Parafilm the tube and incubate for 2 h at 4 �C while slowly
rotating.

3. Centrifuge the tube for 30 s at 1000 rcf at 4 �C using the
refrigerated microcentrifuge. Save 8 μL of the supernatant for a
gel sample “S” of native dynein or 5 μL for a sample of dynein
expressed behind the galactose promoter (Fig. 2a).

4. Carefully pipette the supernatant into a 0.5 mL low retention
microcentrifuge tube. Do not disturb the bead pellet. Pipette
the solution that is close to the bead pellet to another tube, and
then move the pipet tip into the bead pellet to get the last bit of
solution. Centrifuge the second tube and carefully transfer the
supernatant to the first tube (see Note 17). Aliquot into 50 μL
volumes (Tev release aliquots). Drop tubes immediately into
liquid nitrogen. Store at �80 �C. Use 200 μL of 1� Tev to
resuspend the beads. Save 5 μL for gel (B in Fig. 2a).

5. Add 2 μL 5� SDS loading dye to each gel sample and add
ddH2O to a final volume of 10 μL, then boil the samples for
10 min. Set up a bis-tris 4–12% gel in the minigel box, fill the
chambers with 1� running buffer, load the samples and run for
50 min at 200 V. Stain the gel with InstantBlue, and scan with
an Odyssey® imaging system (see Note 18).

3.4 MT binding

and release

purification of yeast

dynein

In a second affinity purification step, an MT binding and release
assay is performed to remove nonfunctional and/or aggregated
dynein motors and other impurities (see Note 19). Dynein is
mixed with MTs in the absence of ATP (strong MT-binding state)
and then released from MTs in the presence of ATP (weak MT-
binding state).
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3.4.1 Polymerization

of MTs

1. Add 1 μL 0.1 M DTT and 0.2 μL 10 mM paclitaxel to both
100 μL BRB80 with 10% glycerol and to 100 μL glycerol
cushion.

2. Dilute 1 μL 10 mM paclitaxel in 49 μL DMSO for a concen-
tration of 0.2 mM.

3. Add 0.2 μL 25 mM GTP.Mg to 5 μL 5 mg/mL tubulin for a
final concentration of 1 mM GTP and incubate at 37 �C for
15 min. Then add 0.7 μL 0.2 mM paclitaxel to the solution to
stabilize the MTs. Mix well by gentle pipetting (do not vortex).

4. Add 60 μL glycerol cushion to a TLA-100 rotor tube, carefully
pipette the MT solution on top of the cushion, and mark the
outside edge of the tube with a permanent marker to help find
the pellet position after the centrifugation. Place the tube
inside the TLA-100 rotor with the mark facing outward and
place a balance tube in the opposite rotor position. Centrifuge
at 80,000 rpm for 10 min at room temperature.

5. Remove the supernatant, gently wash the pellet with 4 � 20 μL
BRB80 with 10% glycerol, and resuspend the pellet in 5 μL
BRB80 with 10% glycerol. Store at room temperature (see
Note 20).

3.4.2 MT binding

and release purification

1. Add 1 μL 0.1 M DTT and 0.2 μL 10 mM paclitaxel to 100 μL
sucrose cushion and 2 μL 0.1 M DTT and 0.4 μL 10 mM
paclitaxel to 200 μL wash buffer, mix well.

2. Add 2 μL 5� SDS loading buffer and 3 μL of ddH2O to each of
five 0.5 mL “gel-loading tubes” for SDS-PAGE gel analysis.

3. Thaw an aliquot of 50 μL Tev release dynein. Add a 5 μL
sample to one gel-loading tube and label with “S” for “sample”
(Fig. 2b), then flash-freeze the tube.

4. Add 0.1 μL 10 mM paclitaxel to the dynein solution, mix well
by gentle pipetting (do not vortex).

5. Add 5 μL of the polymerized 5 mg/mLMT solution (prepared
in Subheading 3.4.1) to the dynein solution and incubate at
room temperature for 5 min to allow dynein to bind to the
MTs.

6. Add 100 μL sucrose cushion into a clean TLA-100 tube,
carefully layer the MT/dynein solution onto the cushion, and
mark the outside edge of the tube with a permanent marker.
Place the tube inside the TLA-100 rotor with the mark facing
outward and place a balance tube in the opposite rotor posi-
tion. Centrifuge at 40,000 rpm for 10 min at 25 �C.

7. Add 5 μL of the supernatant to a gel-loading tube and label
with “S1” (supernatant 1, Fig. 2b), then flash-freeze the tube.
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8. Remove the supernatant and cushion carefully. Wash the pellet
gently with 20 μL wash buffer, then remove wash buffer.

9. Resuspend the pellet with 52 μL wash buffer and add a 5 μL
sample to one of the three remaining gel-loading tubes and
label with “P1” (pellet 1, Fig. 2b), then flash-freeze the tube.

10. Add 3 μL 100 mM ATP.Mg to the resuspended pellet and mix
well. Incubate at room temperature for 2 min, then centrifuge
at 40,000 rpm for 5 min at 25 �C.

11. Chill a 0.5 mL low-retention microcentrifuge tube on ice and
transfer the supernatant from the TLA-100 tube to the low-
retention microcentrifuge tube. Take a 5 μL sample and add it
to one of the two remaining gel-loading tubes and label with
“S2” (supernatant 2, Fig. 2b), then flash-freeze the tube.
Aliquot the remaining dynein-containing supernatant into
1.5 μL volumes using PCR tubes. Flash-freeze the aliquots
and store at �80 �C.

12. Wash the pellet with 20 μL wash buffer, remove the wash
buffer, and resuspend pellet in 50 μL wash buffer. Add a 5 μL
sample of the resuspended pellet to the last remaining gel-
loading tubes and label with “P2” (pellet 2, Fig. 2b), then
flash-freeze the tube.

13. Analyze the saved gel samples using SDS-PAGE gel electro-
phoresis as described in step 27 in Subheading 3.3.

3.5 Polymerization

of MTs for

Single-Molecule

Assays

Functionalized tubulins, such as fluorophore-tagged tubulin and
biotinylated tubulin, are frequently employed to visualize and/or
immobilize MTs [45, 46, 69, 70]. Functionalized tubulins are
either commercially available, or can be prepared as previously
described in detail [53]. Usually, functionalized tubulins are
mixed with unlabeled tubulin at a low ratio, and incorporated
into MTs during polymerization.

3.5.1 Polymerization

of Functionalized MTs

1. Add one aliquot of fluorescently labeled-tubulin (1 μg) and one
aliquot of biotinylated-tubulin (1 μg) to one aliquot of unla-
beled tubulin (5 μL of 5 mg/mL; 25 μg). Mix thoroughly and
incubate for 10 min on ice.

2. Follow the protocol described in Subheading 3.4.1 to poly-
merize a mixture of functionalized and nonfunctionalized
tubulin.

3.5.2 Polymerization

of Polarity-Marked MTs

Polarity-marked MTs are used to distinguish between the plus and
minus ends of MTs. Tubulin with a high ratio of fluorophore-
labeled-to-unlabeled tubulin is first polymerized to create bright
MT seeds, then a tubulin mixture with a lower ratio of labeled-to-
unlabeled tubulin is added to continue polymerization off the ends
of the seeds. This procedure yields fluorophore-labeled MTs with
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bright minus ends [71]. However, MTs can join end-to-end or
anneal over time at room temperature [72] so that the bright
seeds no longer mark the end of the MT. It is therefore recom-
mended to prepare the polarity-marked microtubules fresh on the
day of the experiment.

1. Add 0.2 μL of 1 M DTT and 2 μL of 100 mM GTP to 200 μL
BRB80 with 10% glycerol, and keep on ice.

2. Dilute 1 μL 10 mM paclitaxel in 49 μL DMSO to 0.2 mM.

3. To prepare the tubulin stock for the seeds (S), take one vial of
the rhodamine-labeled tubulin (20 μg) from the freezer, add
12 μL of the buffer prepared in step 1 to solvate the tubulin,
and incubate on ice. If biotinylated tubulin is needed, add the
12 μL solution with the rhodamine-labeled tubulin to a vial of
biotinylated tubulin (20 μg) to solvate the biotin-tubulin. Ali-
quot ten 0.5 μL volumes and flash-freeze in liquid nitrogen.
Store at �80 �C.

4. To prepare the tubulin stock for MT polymerization (T), add
the remaining labeled tubulin solution (7 μL) to an aliquot of
unlabeled tubulin (5 μL of 5 mg/mL), mix well by gentle
pipetting, then incubate on ice for 10 min. Add 40 μL
BRB80 with 10% glycerol, and mix well, then aliquot into ten
5 μL volumes and flash-freeze in liquid nitrogen. Store at
�80 �C.

5. Polymerization of polarity-marked MTs: Take one aliquot each
of the “seeds” stock (S) and the “polymerization” stock (T)
from the freezer. Incubate S at 37 �C for 5 min, add T to S, and
incubate at 37 �C for 15 min, then add 0.7 μL of 0.2 mM
paclitaxel.

6. Follow steps 4 and 5 of Subheading 3.4.1 to remove free
tubulin.

3.6 Coverslip

Preparation for MT

Attachment

There are a number of different approaches for attaching MTs to
glass surfaces, the choice of which depends on the assay to be
performed. Here, we begin by describing two easy-to-use protocols
for the surface attachment of MTs for single-molecule fluorescence
and optical trapping assays. While both techniques are based on the
noncovalent attachment of MTs to glass surfaces, one technique
relies on the surface attachment via functionalized (biotinylated)
MTs and the other uses nonfunctionalized MTs by taking advan-
tage of the electrostatic interactions between the negatively charged
tubulins and the positive charge of surface-attached PLL. Both
techniques result in rigidly attached MTs for up to ~30 min in the
presence of blocking reagents. Surface-attachment of biotinylated
MTs through streptavidin-biotin linkages is a commonly used
method. Note, however, it results in the random orientation of
MTs on the coverslip surface. This is less ideal for optical trapping
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experiments, where it is preferable to perform force measurements
along a fixed axis. In contrast, the PLL-based method results in
MTs that are aligned with the long axis of the slide chamber,
because surface-attachment occurs immediately as a result of the
laminar flow and the favorable initial electrostatic interactions when
MTs come in contact with the surface-bound PLL while the solu-
tion is flown into the chamber. Lastly, we describe a new protocol
that combines both techniques and results in aligned MTs and in
rigid surface attachment for more than an hour.

3.6.1 Immobilization via

Biotin-Streptavidin

Interactions

The binding of biotinylated MTs to BSA-biotin via streptavidin is
routinely used to attach MTs to coverslip surfaces [69, 73, 74].
First, BSA-biotin is attached to the glass surface via nonspecific
interactions, and then streptavidin is applied to bind the surface-
bound BSA-biotin specifically (Fig. 3a). Biotinylated MTs are then
flown into the chamber and given sufficient time to rigidly bind to
the streptavidin-coated surface. While this approach results in a
random orientation of the attached MTs (Fig. 4a), it provides a
straightforward and easy to use method for single-molecule fluo-
rescence assays.

1. Coverslip cleaning: Place coverslips in a coverslip rack and
submerge in 1 M HCl overnight. Rinse extensively with
ddH2O, then sonicate sequentially in 30% ethanol, 50% etha-
nol, and absolute ethanol for 30min/solution. Store the cover-
slips in ethanol until usage (see Note 21).

2. Coating with biotin-BSA: Assemble a flow chamber as
described before in detail [53] using the coverslips cleaned in
step 1. Flow 15 μL biotin-BSA into the chamber and incubate
for at least 30 min (see Note 22). Dilute 4 μL of 50 mg/mL
BSA into 196 μL of BRB80-s and wash the chamber with
2� 20 μL BRB80-s with BSA.

3. Binding of streptavidin: Add 16 μL of BRB80-s with BSA to an
aliquot of 4 μL 5 mg/mL streptavidin, mix well, and flow into
the flow chamber. Incubate at room temperature for 8–10 min,
and then wash with 2� 20 μL of BRB80-s with BSA.

4. Binding of MTs: Dilute the MT solution prepared in Subhead-
ing 3.5.1 (fluorescently labeled and biotinylated MTs) or Sub-
heading 3.5.2 (fluorescently labeled, polarity-marked and
biotinylated MTs) 1:10 in BRB80-s, and then add 1 μL of the
diluted MT solution to 19 μL BRB80-s with BSA (to create a
1:200 final dilution of the MT solution). Flow 20 μL of the
diluted MT solution into the chamber and incubate at room
temperature for at least 15 min. Wash twice with 20 μL
BRB80-s with BSA. Proceed with step 1 of Subheading 3.7.1
to perform single-molecule dynein motility experiments.
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Fig. 3 (a) Scheme of microtubule immobilization via BSA-biotin-streptavidin attachment. BSA-biotin (green)
adsorbs to a coverslip surface, followed by streptavidin (orange) that is bound to biotin. MTs with biotinlyated
tubulin are then immobilized via streptavidin. (b) Scheme of microtubule immobilization via PLL. PLL (yellow)
adsorbs to a coverslip surface, followed by Tween-20 (purple), which blocks the surface. MTs are immobilized
via electrostatic interactions with the amine groups of PLL. (c) For optical trapping assays, the amine groups of
PLL can be sparsely labeled with NHS-biotin, and biotinylated MTs can be further tightly attached via
streptavidin
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3.6.2 Immobilization via

Poly-L-Lysine

While MT surface-attachment based on biotin–streptavidin inter-
actions is a commonly used method, it is rather time-consuming
due to the laborious preparation of coverslips and the long incuba-
tion times. In addition, biotin-BSA and streptavidin are costly, and
the method results in the random orientation of MTs on the
coverslip surface, which makes this approach less useful for many
optical trapping assays.

In order to align MTs with the long axis of the flow chamber,
AEAPTES (N-(2-aminoethyl)-3-aminopropyl triethoxysilane)-
coated coverslips can be used to immobilize MTs via covalent
binding [53], and we have commonly used this method in our
laboratory [45, 46]. However, the coating of coverslips with
AEAPTES is also time-consuming, and generates hazardous
waste. Most critically, AEAPTES is labile, resulting in inconsisten-
cies in the coverslip surface coating if it is not fresh or stored in a
vacuum or inert gas [53]. Therefore, we have adopted the use of
PLL-coated surfaces, a technique that is commonly used to facili-
tate the attachment of cell cultures to surfaces [75] (Fig. 3b). Like
AEAPTES, PLL binds MTs via its positively charged amine groups,
but its handling is significantly easier and more time- and cost-
effective than using AEAPTES. And most importantly, as is the
case for AEAPTES-based immobilization, MTs immobilized with
PLL are well aligned with the long axis of the flow chamber due to
the combination of the favorable initial electrostatic interactions
with the positively charged surface and the laminar flow induced by
the filling of the chamber (Fig. 4b).

1. Coverslip cleaning: Place coverslips in a coverslip rack and
submerge the coverslips in 25% (v/v) HNO3 for 10 min.
Rinse with ddH2O, then submerge in 2 M NaOH for 2 min
(seeNotes 23 and 24). Extensively rinse with ddH2O, and then
dry the coverslips on a heating block for 10–20 min.

Fig. 4 (a) Micrograph of MTs attached to a coverslip surface via BSA-biotin-streptavidin attachment. (b)
Micrograph of MTs attached to a coverslip using PLL
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2. Coating with PLL: Once the coverslips have cooled down,
submerge them in 0.01% (w/v) PLL solution for 2 min (see
Note 25), and subsequently in Tween-20 (0.1%) overnight to
block the surface (seeNote 26). The coverslips can be stored in
Tween-20 solution for 1 week. Before usage, wash a coverslip
with ddH2O and dry it with filtered, compressed air or vac-
uum, then assemble a flow chamber.

3. Binding of MTs for single-molecule fluorescence and/or opti-
cal trapping experiments: Dilute the MT solution prepared in
Subheading 3.5.1 or 3.5.2 1:10 in BRB80-s, and then add 1 μL
of the 1:10 diluted MT solution to 19 μL BRB80-s to create a
1:200 final dilution. Flow 20 μL of the diluted MT solution
into the chamber and immediately wash with 2� 20 μL
BRB80-s. Proceed with Subheading 3.7.1 to perform single-
molecule dynein motility experiments or Subheading 3.7.2 to
perform optical trapping experiments.

3.6.3 Immobilization via

PLL and

Biotin–Streptavidin

Interactions

The MT immobilization method solely based on surface-bound
PLL (Subheading 3.6.2) will suffice for single-molecule in vitro
experiments if the experiments can be carried out within ~30 min.
However, the frequently used blocking reagent casein, which is very
effective in passivating positively-charged surfaces due to its highly
negatively charged N-terminal region [76], competes with MTs for
attachment to surface-bound PLL (and likely also shields the posi-
tive charges of PLL). This results in increasingly floppyMTs and the
eventual dissociation, making finding well-aligned and rigidly
bound MTs increasingly difficult. To improve the time of rigid
MT attachment for optical trapping assays that often last for more
than an hour, we have established a new protocol that combines
electrostatic and biotin–streptavidin interactions for the immobili-
zation of MTs to coverslip surfaces (Fig. 3c). While the use of the
PLL-coated surfaces facilitates the rapid attachment of MTs to the
coverslip surface with their long axes aligned with the long axis of
the flow chamber, the additional streptavidin/biotin-based surface
binding of MTs ensures that the rigid attachment is maintained for
extended times. To do so, we bind NHS-biotin covalently to a
fraction of the amine groups of the surface-bound PLL and use
biotinylated MTs.

1. Submerge a coverslip coated with PLL and Tween-20
(prepared in steps 1 and 2 of Subheading 3.6.2) for 3–5 min
in 0.1% PLL solution (see Note 27), and then wash it with
ddH2O. Dry the cover slip with filtered, compressed air or
vacuum and assemble it into a flow chamber.

2. Add 8 μL of coupling buffer to 2 μL of 10 mM EZ-link NHS-
biotin, and flow the solution into the chamber. Incubate at
room temperature for 5 min, and then wash the chamber with
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200 μL ddH2O. Dry the flow chamber with filtered, com-
pressed air or vacuum, and dilute 4 μL 5 mg/mL streptavidin
in 16 μL HME30 to yield 1 mg/mL streptavidin, then flow
into the chamber. Incubate at room temperature for 5 min,
then wash four times with 20 μL HME30. Dry the chamber
with filtered, compressed air or vacuum.

3. Dilute 0.2 μL of polarity-marked, rhodamine-biotin-MTs
(prepared in Subheading 3.5.2) in 20 μL of HME30-s, flow
the dilutedMT solution through the chamber, and then imme-
diately wash with 2� 20 μL of HME30-s (the more time passes
before the wash step, the more MTs will attach to the coverslip
surface with random orientations). Proceed with step 1 of
Subheading 3.7.2 to perform optical trapping experiments on
dynein.

3.7 Single-Molecule

Assays

Over the past three decades, single-molecule techniques have
provided significant insights into the functions and mechanisms of
motion- and force-generating mechanoenzymes, with applications
across multiple disciplines [77]. In the cytoskeletal motor field, the
most commonly used single-molecule techniques are based on
single-molecule fluorescence measurements [65, 78, 79] and
force measurements using optical tweezers [45, 46, 80–84] (or a
combination of both [85]). As the technical details of both meth-
ods have been described and discussed in detail elsewhere, here we
only describe the remaining steps needed to successfully set up
single-molecule fluorescence and optical trapping experiments on
dynein using the MT-filled slide chambers prepared in Subheadings
3.6.1–3.6.3. For more details on these assays, please refer to refs.
54, 86–88.

3.7.1 Single-Molecule

Fluorescence Assay

In single-molecule fluorescence motility assays, the velocity and run
length of a processive motor along MTs can be tracked and
measured via a fluorescent tag using TIRF microscopy [89, 90].
Below, we describe the remaining steps that have to be executed to
visualize the motility of recombinant yeast dynein.

1. Prepare a slide chamber with surface-attached MTs as
described in Subheading 3.6.1 (MT immobilization via bio-
tin–streptavidin interactions only), Subheading 3.6.2 (MT
immobilization via PLL only) or Subheading 3.6.3 (MT immo-
bilization via both PLL and biotin–streptavidin interactions).
Take out one aliquot (200 μL) of HME30-s from the �20 �C
freezer.

2. Add 2.5 μL of 25 mg/mL β-casein to 47.5 μL of HME30-
s (for a final concentration of 1.25 mg/mL), and wash the slide
chamber with 2� 20 μL of HME30-s with casein.
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3. To a fresh 0.5 mL tube, add 43 μL of HME30-s, 5 μL β-casein,
0.5 μL ATP, 0.5 μL POC, and 1 μL of the dynein MT binding
release fraction (prepared in Subheading 3.4.2). Mix well and
flow 2� 20 μL of the mixture into the flow chamber, then seal
the chamber with vacuum grease.

4. Mount the slide chamber to the microscope stage using a
sufficient amount of immersion oil, and perform TIRF motility
experiments as detailed elsewhere [89, 90].

5. Analyze the data by creating Kymographs via ImageJ (Fig. 5a)
or by applying a single-particle tracking software such as
FIESTA [91].

3.7.2 Optical Trapping

Assay

Optical tweezers [52] is an invaluable tool to probe the nanometer-
scale displacements and piconewton force generation of individual
dynein molecules. In the assay described here, full-length yeast
dynein is coupled to anti-GFP antibody-coated 1-μm polystyrene
beads through the N-terminal GFP-tag on the motor’s tail.
Dynein-coated beads are captured with a fixed position optical
trap and placed above a surface-boundMTusing the nanoposition-
ing stage of the microscope. Upon MT binding, a dynein-coated
bead moves along the MT away from the trap center until the
motor stalls and eventually releases (Fig. 5b). As we have described
the technical aspects of these experiments in detail before [48, 54,
92], here we simply outline the final steps necessary to set up a
trapping experiment using recombinant dynein.

Fig. 5 (a) A representative kymograph of full-length dynein. The acquisition rate was 500 ms/frame. (b) A
representative stall trace of full-length dynein. The spring constant k was 0.045 pN/nm
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1. In a 0.5 mL tube, dilute 1 μL of anti-GFP beads in 49 μL of
HME30, and parafilm the tube and store the diluted beads at
4 �C.

2. Take out one aliquot (200 μL) of HME30-s from the �20 �C
freezer, and thaw in a 37 �C bath or in your hand.

3. Prepare a slide chamber with surface-attached MTs as
described in Subheading 3.6.3 (MT immobilization via PLL
and biotin–streptavidin interactions).

4. Add 2.8 μL of 25 mg/mL α-casein to the remaining 140 μL
HME30-s to a final concentration of 0.5 mg/mL, and use the
solution to dilute dynein to a concentration that results in MT
binding by <50% of beads in the final assay, implying binding
by single motors [93] (start with a dilution of 1:1000 achieved
by serially diluting the motor in tenfold steps).

5. Briefly sonicate 4 μL of diluted beads in a 0.5 mL low-retention
tube.

6. Add 4 μL of the diluted dynein to the beads, mix well by gentle
pipetting, then incubate on ice for 10 min.

7. Add 0.4 μL of POC, 0.4 μL of ATP, 0.4 μL of PEP, and 0.4 μL
of PK (ATP regeneration system) to 31 μL ofHME30-s with α-
casein, and mix well, then add the mixture to the aliquot with
the dynein-beads solution. Flow 2� 20 μL of the dynein-bead
mixture into the chamber, and seal the chamber with vacuum
grease.

8. Perform data collection and data analysis as previously
described [48, 54, 92].

4 Notes

1. Normally, standard PCR machines are used. However, if a
laboratory only needs to do routine PCR in a small scale, the
miniPCR™ machine could be an inexpensive option. We have
tested it for amplifying DNA between 150 bp and 9 kbp using
different DNA polymerases such as KOD hot start DNA poly-
merase, Q5® (NEB), and Phusion® (NEB), and the yield and
purity are comparable to those resulting from standard PCR
machines.

2. Trolox is not very soluble. It is best to add HEPES, MgCl2,
EGTA, and Trolox to a 50 mL conical tube and nutate over-
night covered with aluminum foil, and then add DTT and
paclitaxel before aliquoting.

3. Most yeast genes lack introns, and deletions of these introns
generally do not affect cell growth, but extra care should still be
taken when working with intron-containing genes [94].
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4. While 5-FOA (5-fluoroorotic acid) is nontoxic, it can be con-
verted into the toxic compound 5-flurouracil if URA3-
encoded orotidine 50-phosphate decarboxylase is present. For
more details on PCR-based yeast gene engineering, please refer
to refs. 56, 95, 96.

5. Although studies have shown that having only 30 bp overlap
can lead to successful homologous recombination, 60 bp over-
lap is recommended for high efficiency transformation [97].

6. SGD is a specialized database for Saccharomyces cerevisiae, but
other databases such as UniProt and NCBI can be used as well.

7. We use SerialCloner (v. 2-6-1) to do DNA and protein
sequence analysis for molecular cloning but other software
tools can be used as well.

8. Online primer design tools, such as Primer-BLAST (NCBI)
and PrimerQuest (IDT DNA), can be used to obtain the
primers.

9. Other high fidelity DNA polymerases can be used as well. In
particular, when more difficult reactions need to be performed,
it may be necessary to optimize PCR parameters or to choose a
different DNA polymerase.

10. The primers can be dissolved in TE buffer to 100 μM as stock,
which can be further diluted to 10 μM in 10 mM Tris buffer.
The second dilution should not contain EDTA, which would
interfere with the DNA polymerase.

11. Running the gel at a lower voltage may improve the resolution,
but will result in a longer running time.

12. The mechanism underlying this transformation is not fully
understood.

13. While this step could be skipped for URA selection, it is critical
for 5-FOA selection: Without the recovery step, the colonies
that appear on the SC/5-FOA plate will mostly be false posi-
tives, with mutations in theURA3 gene that disrupt its function,
rather than having incorporated the desired DNA sequence.

14. It is always a good practice to store two tubes of each yeast
strain, and put one strain in a separate box as a backup, in case
the other tube is contaminated.

15. Do not let the pipette get too close to the liquid nitrogen as the
cell slurry might freeze inside the pipette tip.

16. Depending on the yeast strain, the volume of the pellet varies
between 25 and 40 mL (dysfunctional dynein causes cells to
grow slower, resulting in a smaller yield).

17. We do not recommend using a membrane filter unit to separate
the solution from the beads, since dynein tends to bind to
membrane surfaces.
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18. If quantification of the bands is needed, BSA or actin standards
should be included on the gel as well.

19. MT binding and release purification may not be applicable for
some dynein mutants. In this case, although more labor inten-
sive, size exclusion chromatography [98] or sucrose density
gradient centrifugation [99] can be applied, which are better
techniques for removing aggregated dynein and impurities.

20. MTs are temperature sensitive and tend to disassemble in the
cold in the absence of taxol. When maintained in the presence
of taxol, MTs can be used for up to 1 week when stored at
room temperature.

21. It is important to submerge the coverslips in ethanol for a few
hours before usage, otherwise the surface is less hydrophilic,
resulting in the reduced binding of BSA-biotin.

22. The longer the BSA-biotin incubates in the chamber, the
higher its surface density, and therefore the MTs will bind
more strongly later. We recommend preparing the flow cham-
bers with BSA-biotin in the morning, storing them in a humid-
ity box at room temperature, and using them in the afternoon.
Alternatively, BSA-biotin can be incubated in the flow chamber
in a humidity box overnight at 4 �C.

23. The HNO3 and NaOH solutions can be reused without losing
their effects for a long time. However, it is a good practice to
replace the solutions once a year.

24. The surfaces of coverslips treated with NaOH are hydrophilic,
which is favorable for surface adsorption. However, this treat-
ment also etches the glass surface and renders the surface
uneven [100], which is undesirable for MT binding. Thus,
the NaOH incubation time was optimized to result in a suffi-
cient surface absorption of PLL while preventing the distortion
of MTs.

25. The incubation time of the PLL solution is important. Increas-
ing the incubation time can result in too high a density of PLL
on the coverslip. While the MTs will bind rigidly for a longer
period of time with a higher PLL density, the increase in
positive charge along the surface of the coverslip can be disrup-
tive to the motility of microtubule-associated motor proteins,
which have positively-charged MT-binding domains.

26. Various surface blocking agents have been utilized to block
coverslip surfaces to prevent nonspecific binding. Besides
Tween-20 and detergents such as Pluronic F-127 and Triton
X-100, proteins such as BSA and casein, and polymers such as
PEG have been used to block surfaces to various degrees of
success. For single-molecule TIRF assays, other blocking agents
can replace Tween-20. However, while BSA is a commonly used
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blocking agent in optical trapping assays, in our experience,
casein is significantly more effective in preventing nonspecific
interactions between the beads and coverslip surface than BSA.
It is therefore advised to rule out bead-surface interactions in the
absence of motors when switching to a different blocking agent
before an experiment is performed.

27. The increase in surface-bound PLL as a result of the second
incubation with PLL is necessary to provide binding sites for
the covalent attachment of NHS-biotin while leaving enough
positively charged amine groups for electrostatic interactions
with MTs.
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Chapter 5

A Brief Introduction to Single-Molecule Fluorescence
Methods

Siet M.J.L. van den Wildenberg, Bram Prevo, and Erwin J.G. Peterman

Abstract

One of the more popular single-molecule approaches in biological science is single-molecule fluorescence
microscopy, which will be the subject of the following section of this volume. Fluorescence methods
provide the sensitivity required to study biology on the single-molecule level, but they also allow access
to useful measurable parameters on time and length scales relevant for the biomolecular world. Before
several detailed experimental approaches will be addressed, we will first give a general overview of single-
molecule fluorescence microscopy. We start with discussing the phenomenon of fluorescence in general and
the history of single-molecule fluorescence microscopy. Next, we will review fluorescent probes in more
detail and the equipment required to visualize them on the single-molecule level. We will end with a
description of parameters measurable with such approaches, ranging from protein counting and tracking,
single-molecule localization super-resolution microscopy, to distance measurements with Förster Reso-
nance Energy Transfer and orientation measurements with fluorescence polarization.

Key words Microscopy, Confocal fluorescence, TIRF, Wide-field epi-fluorescence, Fluorophore

1 Introduction

1.1 A Brief

Introduction

to Fluorescence

Spectroscopy

The name fluorescence was first used by Sir George Gabriel Stokes
in his seminal 1852 paper “On the Change of Refrangibility of
Light” [1], where he describes this phenomenon in many different
materials, following the steps of Herschel’s studies on quinine
solutions [2, 3] and Brewster’s on fluor-spar (fluorite) [4]. In a
note Stokes states: “I am almost inclined to coin a word, and call
the appearance fluorescence, from fluor-spar, as the analogous term
opalescence is derived from the name of a mineral”. By now,
fluorescence spectroscopy has become an indispensable technique,
in particular in biomolecular research [5]. Fluorescence is defined
as light emitted by a molecule after absorption of light by the same
molecule and involves a spin-allowed, singlet–singlet electronic
transition. As an example, in Fig. 1a an imaginary absorption and
fluorescence emission spectrum is shown. The energy levels
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involved in absorption and fluorescence are usually depicted in a
Jabłoński diagram (Fig. 1b). The electronic ground state and first
and second excited singlet states are designated S0, S1, and S2,
respectively. The thin horizontal lines represent vibronic levels,
involving in addition to electronic, vibrational excitation. Transi-
tions between the levels are depicted as vertical arrows, straight
ones involving radiative transitions, wavy ones radiation-less ones.
From the ground state S0 a molecule can absorb a photon, leading
to an excited state, in Fig. 1a to S2. Usually, excitation from a higher
vibronic state is followed by fast (typical time scale: ~10�12 s)
radiation-less relaxation to the lowest vibrational level of S1, a
process called internal conversion, leading to the generation of
heat. From S1, the excited molecule can usually relax to the ground
state in one of three ways. (1) The molecule can return to the
ground state while emitting a photon, fluorescence (~10�8 s). (2)
The molecule can get rid of the excitation energy without emitting
a photon, via internal conversion (IC, ~10�8 s). Finally, (3) the
electrons in the molecule can undergo a spin conversion to a triplet
state, a process called intersystem crossing (ISC, ~10�8 s). The
resulting triplet state (T1) can decay to the ground state in a
radiation-less way via internal conversion or while emitting a pho-
ton, phosphorescence, which usually takes place on a much longer
time scale than fluorescence, since it involves a spin-forbidden
transition. The time scales mentioned are typical values and vary
substantially among different molecules and can also depend on the
(solvent) environment. An important property of fluorescence of

Fig. 1 (a) Absorption (Abs) and fluorescence emission (Em) spectrum of an imaginary molecule. The maximum
of the emission spectrum is shifted towards the red (higher wavelength) with respect to the maximum of the
absorption spectrum, a property called the Stokes’ shift. (b) Jabłoński diagram. The electronic states (S0, S1,
S2) and their vibronic states are depicted by horizontal lines. The straight arrows indicate radiative transitions,
the wavy ones non-radiative transitions
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molecules in condensed phases is the so-called Stokes’ shift: the
energy of the emitted photons is generally lower than that of the
absorbed photons (Fig. 1a). The most important reason, as
depicted in Fig. 1b, is fast relaxation of the excited state to the
lowest vibrational level of S1, from which transitions can occur to
vibrationally excited states of S0. In addition, in the liquid state,
solvent effects can contribute to the energy shift [5].

1.2 A History

of Single-Molecule

Fluorescence

Microscopy

A key cause for the popularity of fluorescence to study biomolecules
is its sensitivity. The sensitivity is such that, using the appropriate
instrumentation, the fluorescence emitted by a single fluorophore
can be readily detected. An important reason for the sensitivity is
the Stokes’ shift, which allows, after proper filtering, detection of
the fluorescence signal against a black background. Over the last
decades, researchers have pushed the detection limit further and
further. In the 1970s, Hirschfeld observed single antibodies,
labeled with ~100 fluorescein molecules [6]. In the 1980s, single
phycoerythrin proteins, also containing multiple fluorophores,
were detected [7, 8]. In 1989, Moerner and coworkers succeeded
in detecting, at liquid helium temperatures, the absorption of single
dye molecules embedded in organic crystals [9]. At these low
temperatures and in crystalline environment, the absorption line
of a single molecule is extremely narrow but very strong, making
the detection of a single molecule possible. Orrit and coworkers
detected, for the first time, using the same molecular system, the
fluorescence of a single fluorophore (at low temperature) [10]. For
most biological applications, however, more ambient conditions
are required: room temperature and solutions in water. Such con-
ditions lead to different spectral properties (absorption and emis-
sion bands are often tens of nanometers wide) and quite different
instrumentation is required. In 1990, Keller and coworkers were
able to detect single Rhodamine-6G molecules flowing through a
small detection volume [11]. This discovery paved the way for the
new advancements in methodology described in this part of the
book that have made single-molecule fluorescence microscopy to a
successful tool to study the ways and means of biomolecules [5,
12–14]. In 2014, the Nobel Prize in Chemistry has been awarded
to Stefan W. Hell, W. E. Moerner and Eric Betzig. Moerner and
Betzig received the prize for their roles in the development of
single-molecule localization super-resolution microscopy, one of
the methods that allows breaking the diffraction limit, increasing
the resolution of optical microscopes to better than half the wave-
length of light used [12].
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2 Fluorophores

2.1 Important

Properties of

Fluorescent Molecules

Used for Single-

Molecule Methods

Single-molecule fluorescence microscopy at ambient conditions
relies on the accurate detection of photons emitted by one or
more fluorophores attached to a single biomolecule while, at the
same time, limiting the background signal using advanced micros-
copy techniques. The higher the signal-to-background ratio, the
more detailed and clear the information is that can be obtained.
Optimization of the signal-to-background ratio is therefore an
essential element in single-molecule fluorescence microscopy
[15]. Generally speaking, two approaches can be distinguished.
(1) Increasing the signal, by creating the optimal conditions for
the fluorophore to emit photons and by increasing the sensitivity
and efficiency of photon collection and detection. (2) Decreasing
the background, using advanced microscopy techniques that probe
only small volumes around the molecule of interest. Under opti-
mized conditions, the signal from a single fluorophore such as
Rhodamine-6G (R6G) can be detected [11]. To provide an idea
about the expected fluorescence intensity due to a single R6G, we
will make a rough estimation of the number of photons that can be
detected when a laser (λ ¼ 532 nm), with an intensity of 100 W/
cm2, illuminates a single R6Gmolecule suspended in water. We first
have to calculate how many photons are absorbed by the molecule,
using its absorption cross section, σ, which can be determined from
the molecular extinction coefficient, ε, of R6G (~100,000 L/mol/
cm at 532 nm) using:

σ ¼ 2:303ε

N A
, ð1Þ

whereNA is Avogadro’s constant. Use of this equation yields a cross
section of 3.8 � 10�16 cm2 for R6G [5]. Next, we calculate the
energy of a single photon:

E ¼ hc

λ
, ð2Þ

with h Planck’s constant, c the velocity of light and λ the excitation
wavelength resulting in 3.7 � 10�19 J per photon. This means that
with an illumination intensity of 100 W/cm2 the sample is bom-
barded by 2.7� 1020 photons/s/cm2. Multiplying the photon flux
per cm2 (qp) with the absorption cross section of R6G:

qa ¼ qp � σR6G, ð3Þ

we find that every second 1.0 � 105 photons are absorbed (qa) by a
single R6G molecule! From S1, the molecule can relax to the
ground state in one of three ways and thus not every photon that
is absorbed by R6G leads to fluorescence. The fluorescence
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quantum yield Фf is the ratio between photons absorbed and
photons emitted. For R6G the fluorescence quantum yield is
about 0.45 in water, resulting in an emission rate of 4.5 � 104

photons per second for a single R6G under the conditions defined
above [16]. Even with fully optimized instrumentation only about
12% of the emitted photons can be counted by the detector [17].
Thus, one can expect a fluorescence photon flux of ~5 � 103

photons/s from a single R6G fluorophore illuminated with an
intensity of 100 W/cm2. R6G is a water-soluble, synthetic fluor-
ophore with properties comparable to other fluorophores widely
used in single-molecule microscopy. Below we will discuss the key
fluorophore properties relevant for which fluorophore to use for
what experiment.

2.2 Important

Characteristics

of Fluorescent Labels

Nowadays, a large array of different fluorophores exists that can be
detected simultaneously to study different single molecules at the
same time [18]. Four different classes of fluorescent labels can be
distinguished: (1) synthetic dyes such as Cy3, Cy5, Rhodamine 6G,
and fluorescein isothiocyanate (FITC), (2) semiconductor nano-
crystals such as quantum dots (QDs), (3) genetically encoded
fluorescent labels like eGFP and yellow fluorescent protein (YFP),
and (4) natural occurring fluorophores such as flavin and chloro-
phyll. Every fluorophore has its own advantages and disadvantages.
To determine which fluorophore to use for a certain experiment
one has to look at the different fluorophore characteristics. Besides
the fluorescence quantum yield and the molecular extinction coef-
ficient, which were already described above, several other character-
istics should be considered. Fluorophore excitation and emission
wavelengths are the most important and determine the choice of
the excitation source and filters. Not all colors are equally apt for
single-molecule measurements. Wavelengths below ~450 nm are
generally speaking problematic since detectors can be relatively
insensitive, microscope optics are often not optimized in this
range of the spectrum, and these colors often result in high back-
ground signals due to impurities in glass or sample. Another key
fluorophore characteristic is the rate of photobleaching. In general,
a fluorophore does not survive infinite absorption/emission cycles.
In many cases, there is a certain probability that an absorption/
emission cycle leads to an irreversible modification of the fluoro-
phore, resulting in an abrupt loss of its ability to fluoresce called
photobleaching. The propensity of a fluorophore to photobleach is
expressed in the average number of photons a fluorophore can
emit. Photostable synthetic dyes, such as Cy3 and Cy5 can emit
105–106 photons before photobleaching [19], QDs are orders of
magnitude more photostable. Fluorescent proteins such as eGFP
are usually slightly less stable than their optimized, synthetic
equivalents [20]. Photobleaching is a probability process; in general
the rate of bleaching decreases linearly with decreasing excitation
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intensity. An important cause of photobleaching is molecular oxy-
gen, which can react with the fluorophore’s triplet to form singlet
oxygen. Singlet oxygen in turn is very reactive and can readily react
with the fluorophore or surrounding molecules [14]. Adding an
oxygen scavenger system (a mixture of glucose, glucose oxydase
and catalase is often used) to the sample decreases the concentra-
tion of molecular oxygen and can help to increase the lifetime of the
fluorophores. Addition of antioxidants like Trolox® or ascorbic acid
can have additional effect. Other problems with fluorophore
photostability include triplet blinking, which can be a problem
when the triplet lifetime is rather long (>ms). Certain fluorophores
show different on-off blinking behavior, for example, fluorescent
proteins are known to undergo cis-trans isomerization and intra-
molecular proton transfer, both resulting in long-lived dark states
[20]. Another example is the photoblinking of QDs, which is
caused by ejection of electrons from the semiconductor core [21].
Considering all the fluorophore characteristics mentioned above
the ideal single-molecule fluorophore (1) has high fluorescence
quantum yield and molecular extinction coefficient, (2) has well
defined excitation and emission wavelengths, (3) shows steady
emission intensity [22], (4) can be followed for a long time using
high illumination intensity, (5) does not affect the natural behavior
of the single molecule, (6) shows no blinking behavior, (7) can be
easily attached to the molecule of interest, (8) is soluble in buffers
used [23], (9) and its characteristics are well described.

2.3 Fluorophores

Used

for Single-Molecule

Research

Next, we take a closer look at the different classes of fluorescent
labels and compare and discuss some of their characteristics impor-
tant for single-molecule research (Fig. 2). (1) Synthetic dyes have
been around for decades, are commercially available and con-
structed to suit the means of use. They are constructed in a way
that they contain different reactive groups such as maleimides or
succynimidyl esters, which can be used for attachment of the label
to a protein or biomolecule of interest. Succynimidyl esters react
with free amino groups, which are available in large quantities on
the surface of most proteins. Maleimides or other sulfhydryl reac-
tive probes can be used for more specific labeling of cystein resi-
dues, which are generally less abundant. Because synthetic dyes
have been around for a long time, their characteristics have been
optimized and labeling protocols are widely available. Their small
size (~0.5 nm) minimizes the chance of causing steric hindrance to
the labeled molecule. Cyanine and rhodamine dyes (Fig. 2a) are
most often used for in vitro single-molecule research, in particular
Cy3, Cy5, Alexa555 of the cyanine family and Rhodamine 6G and
Texas Red of the rhodamine family [22]. (2) QDs are very bright
fluorophores with a very wide range of absorption wavelengths,
narrow (about 10 nm) and symmetric emission bands and quantum
yields close to 90% (Fig. 2c) [24, 25]. QDs in general consist of a
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CdSe, CdTe, InP or InAs core, and a ZnS shell. Their size, shape,
and structure can be controlled precisely, in order to tune the
emission from visible to infrared wavelengths [26, 27]. For
biological applications, QDs are normally coated to make them
hydrophylic or prepare them for specific attachment to the biomol-
ecule of interest [28]. Compared to organic dyes, QDs are brighter
(molecular extinction coefficients between 105–106 L/mol/cm).
They are also more photostable and therefore can be followed
longer and their position can be determined with higher accuracy
[23]. However, their size varies between 6–60 nm (with coating),
which is relatively large in comparison to organic dyes (~0.5 nm).
In addition, as mentioned above, they can suffer from on/off
blinking on a wide range of time scales [21]. (3) Green fluorescent
protein (GFP, Fig. 2b) is an autofluorescent protein from the
jellyfish Aequorea victoria, which is very well suited for (but not
restricted to) in vivo applications. A key advantage of GFP is that
the protein is genetically encoded, does not require a cofactor and
that every protein copy can be labeled by fusing its gene with that of

Fig. 2 Structure, size and spectra of different fluorescent probes used in single-molecule fluorescence
microscopy. (a) Chemical structure and absorption/emission spectrum of the synthetic dye rhodamine 6G
(R6G). (b) Structure (Protein Databank entry 1S6Z [71]) and absorption/emission spectrum of enhanced Green
Fluorescent Protein (eGFP). (c) Schematic representation of a functionalized QD consisting of a core and
different shells and corresponding absorption/emission spectrum
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GFP [29]. Another advantage is that they are less sensitive to their
surroundings than many synthetic dyes [30]. Disadvantages of GFP
are that it is rather large (27 kDa, ~4 nm in diameter), its emission
shows blinking behavior and its photostability is substantially less
than good synthetic dyes [20]. By now, many different variants
with different colors, optimized for different organisms have been
developed on basis of the Aequorea victoria protein and related
proteins in other organisms [31, 32]. Also photoactivatable and
photoswitchable versions of fluorescent proteins exist, which are
very well suited for single-molecule localization-based super-reso-
lution methods [33]. (4) Biological materials also contain naturally
occurring fluorescent molecules. Many of these (such as tryptophan
and NADH), which are widely used in bulk fluorescence measure-
ments, are not photostable enough and absorb and emit too far in
the ultraviolet to allow single-molecule detection. Protein cofactors
such as chlorophyll and flavin can be very fluorescent and have been
used for in vitro applications [34, 35]. Their occurrence is however
limited to a small subset of proteins, which hinders general
application.

3 Methods

3.1 Microscopic

Detection of Single

Fluorophores

Single fluorescently labeled particles can be detected using a fluo-
rescence microscope. The main components of such a microscope
are an illumination source for excitation of the fluorophores, filters
to extract light of wanted colors and suppress unwanted light, an
objective to direct the excitation light and efficiently collect the
emission light, and a detector. Since much of the emitted light is
lost in the detection pathway and the total number of photons that
a fluorophore can emit is restricted due to photobleaching, it is
imperative in single-molecule fluorescence studies to use optimal
components in each part of the instrument. In the next section we
will discuss the different parts of a fluorescence microscope in more
detail.

3.1.1 Light Sources To maximize the signal obtained from a single fluorophore, it is
essential to excite it with a wavelength close to its absorption
maximum. In bulk fluorescence microscopy often broad-band
sources such as metal halide or mercury arc lamps are used [36].
A key advantage of these sources is that they are broad-band and
contain several intense spectral lines. This allows them to be used to
excite spectrally distinct fluorophores, with the proper excitation
filters to suppress unwanted lamp light. Relatively new on the
market are LED sources, which are more monochromatic than
lamps (spectra with a width of several tens of nanometers). LEDs
are much more energy efficient and thus produce less heat. In
single-molecule applications, in most cases, lasers are used for
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fluorescence excitation since they emit monochromatic and colli-
mated light, allowing better separation of excitation from fluores-
cence light and a more straightforward construction of complex
optical paths using mirrors, lenses, filters, polarizers etc. In addi-
tion, collimated laser beams can be focused to diffraction limited
spots (see below), which is indispensable for confocal fluorescence
microscopy. Apart from cost, there are two key disadvantages of
lasers. (1) Laser beams are Gaussian and this can result in uneven
excitation intensity profiles. (2) Lasers are in many cases monochro-
matic meaning that for each spectrally distinct fluorophore an
additional laser needs to be purchased and installed.

3.1.2 Filters and Dichroic

Mirrors

Optical filters are used to separate fluorescence light from scattered
excitation light and other background signals. On basis of their
transmission spectra two classes of filters can be discerned: edge
filters and band-pass filters. Edge filters transmit light above (long-
pass) or below (short-pass) a specific wavelength, and block the
other light. Band-pass filters transmit only a narrow range of wave-
lengths and block wavelengths on either side of this range. The
performance of the filters depends on three aspects: the percentage
of transmission of the desired light, the optical density in the
blocked region of the spectrum and the steepness of the edges
between the transmitted and blocked regions [15]. In the past,
filters were based on stained glass, which often suffered from con-
siderable autofluorescence. Later, thin film interference filters, con-
sisting of repetitive, thin layers evaporated on a surface were
developed with substantially better performance and flexibility.
Recently, new technologies to make precise thin layers based on
ion-beam sputtering have further improved filter performance.
Nowadays, filters are available that are designed for simultaneous
excitation and/or detection of several, spectrally distinct
fluorophores.

A typical fluorescence microscope consists of three optical fil-
ters. (1) The excitation filter that selects one line or band from
excitation source to illuminate the sample (in many cases use of an
excitation filter is not required when using lasers). (2) A dichroic
beam-splitting mirror that reflects excitation light in the direction
of the objective, but transmits fluorescence light collected by the
objective. (3) The emission filter that is used to select for an
emission band and block any residual excitation light. In principle,
for each light source and dye combination a separate combination
of these filters needs to be used.

3.1.3 Detectors

in Single-Molecule

Fluorescence Microscopy

In single-molecule fluorescence methods the number of photons
emitted is very limited, which makes it key to use a detector with a
high quantum efficiency and low noise. Broadly speaking, two
distinct classes of detectors can be used, depending on the imaging
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modality (see below) [15, 37]. (1) Point detectors, such as ava-
lanche photodiodes (APD) and photomultipliers, which do not
provide position information but are capable of counting single
photons with high time resolution. APDs have high quantum
efficiency, but a small active area, which makes alignment tedious.
Photomultipliers usually have a lower quantum efficiency and worse
dark noise characteristics, but a larger active area. For single-
molecule applications, photomultipliers are usually only used in
the blue part of the spectrum, where APDs perform poorly. In
general, point detectors are used in confocal instruments or when
time resolution is important. Key applications are in burst analysis
of diffusing molecules for example in fluorescence correlation spec-
troscopy (FCS) [38, 39] or in FCS-like experiments [40]. (2) Array
detectors, such as Charged Coupled Devices (CCD) are the most
widely used detectors in wide-field fluorescence microscopy. CCD
detectors are two-dimensional array detectors that can be read out
in one of three ways: full frame, frame transfer or interline transfer.
The latter two are fast and allow for continuous detection. Limita-
tions of CCD detectors are read-out noise due to analog-to-digital
conversion (a problem solved in modern electron multiplying
CCDs) and the relatively slow speed: an entire frame is integrated
and read out. For single-molecule detection frame rates up to
~100 s�1 can be reached. Key advantages are the almost unity
quantum efficiency (in the visible spectrum) and the very low dark
currents. These detectors are, therefore, optimally suited in condi-
tions when acquisition times of down to ~10 ms are sufficient [41].
In the last couple of years, a new kind of camera technology has
been introduced, the scientific CMOS (complementary-metal-
oxide semiconductor) [18]. In an sCMOS camera detector array,
amplifiers and analogue-to-digital converters are integrated in one
chip, which allows reading out of individual pixels. Current state-
of-the-art sCMOS camera (Andor Zyla 4.2 or Hamamatsu ORCA-
Flash4.0) contain 2048 � 2048 pixels, have a quantum efficiency
exceeding 80% and can read out 100 full frames per second, with
less than an electron read noise. Very recently, Photometrics has
introduced 95% quantum efficiency sCMOS camera (Prime 95B).
The key benefit of sCMOS cameras is that they allow acquisition
with a larger field of view at higher acquisition rates than CCD
cameras.

3.1.4 Microscope

Objectives

The key optical element in a fluorescence microscope is the objec-
tive. The objective concentrates the excitation light in the sample
and collects the emitted light. In principle, an objective is nothing
more than a strong lens, but in order to fulfill its tasks it needs to be
highly corrected for optical aberrations, which can only be achieved
by complex designs involving multiple optical elements. Important
properties with respect to single-molecule experiments are the
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magnification, which determines the size of the field of view and the
number of pixels over which a single fluorescent particle is imaged
and the numerical aperture (NA), which is a measure of the angle
over which photons can be detected, defined as [36]:

NA ¼ n � sin θmax: ð4Þ
With n is the refractive index of the medium between the

sample and the objective, and θmax is the maximum half-angle of
the collection cone of the objective. A fluorophore emits light in all
directions and to maximize the collected light the NA of the
objective should be as high as possible. This may be achieved by
using an objective designed to be immersed in a high-n medium
[15, 42]. Furthermore, the NA is not only important for collection
efficiency, but it also determines the resolution of the optical sys-
tem, as will be discussed in the next section.

3.1.5 The Resolution

of a Fluorescence

Microscope

A fluorescent molecule is much smaller than the wavelength of
visible light and after excitation the molecule emits photons in
random direction. Using a single microscope objective it is impos-
sible to collect light emitted in all directions and consequently only
a fraction of the emitted photons can be collected. The circular
apertures of the microscope optics (in particular the objective) will
result in diffraction of the transmitted light, which causes the
fluorescent particle not being imaged as an infinitely small point,
but as an Airy disc, with a finite width and side lobes. A three-
dimensional representation of this diffraction pattern is referred to
as the point spread function (PSF). The diameter (d) of the PSF
only depends on the NA of the objective and the wavelength of the
light (λ) [36]:

d ¼ 1:22λ

2NA
: ð5Þ

The width of the PSF is also a measure of the resolution of the
optical system: when the distance between two closely spaced point
sources is less than d, the images of the sources overlap and their
peaks cannot be resolved. This definition of the resolution is called
the Rayleigh criterion [36]. For a typical fluorescence microscope
(NA ¼ 1.4, λ ¼ 505 nm (eGFP)), the resolution is ~220 nm.

3.2 Key Imaging

Modalities

in Fluorescence

Microscopy

3.2.1 Confocal

Fluorescence Microscopy

In confocal fluorescence microscopy the sample is illuminated with
a diffraction limited spot and an image is acquired by moving this
spot over the sample (Fig. 3a). To this end, a collimated laser beam
is coupled in the microscope objective, resulting in a tightly focused
spot with a diameter of typically 200–300 nm, ruled by the same
effects of diffraction as discussed above. The fluorescence resulting
in the focus is collected by the objective, separated from the excita-
tion beam by a dichroic mirror and further spectrally filtered by an
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emission filter. In addition, the fluorescence light is spatially filtered
with a pinhole before being detected with a point detector (APD or
photomultiplier). The pinhole increases spatial resolution, but its
key purpose is to suppress out-of-focus background signal, allowing
optical sectioning. To create an image, scanning of the beam (using
e.g. galvanic mirrors) or the sample (using a piezo stage) is
required. In single-molecule experiments, excitation intensities
need to be reduced to avoid saturation or limit photobleaching,
resulting in rather long image acquisition times. Consequently, the
most important single-molecule application of confocal microscopy
is to study molecules freely diffusing in and out the confocal spot,
for example using FCS.

3.2.2 Wide-Field

Epi-fluorescence

Microscopy

In wide-field epi-fluorescence microscopy, the excitation beam is
not tightly focused to a diffraction-limited spot in the sample plane,
but illuminates a substantially larger area (Fig. 3b). The fluores-
cence arising from this illuminated area can be detected with an
array detector such as a CCD camera. Uniform illumination
throughout the sample can be obtained by focusing the excitation
beam in the back-focal plane of the objective. In case of a laser this
results in a collimated, Gaussian-shaped beam illuminating the
sample. Filters and dichroic mirrors are applied in exactly the
same way as confocal fluorescence microscopy. Single-molecule
wide-field fluorescence microscopy is particularly useful when

Fig. 3 Schematic representation of the three most common microscope-designs used in single-molecule
fluorescence microscopy. (a) Confocal setup. (b) Epi-wide field setup. (c) TIRF-wide field setup. A zoom of the
excitation path, the laser is coupled off-axis into the objective. The laser is reflected on the glass–water
interface and creates an exponentially decaying evanescent wave in the sample. Ex excitation source, L lens,
O objective, E emission filter, D dichroic mirror, A confocal aperture)
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molecules are moving in the sample or when a time resolution of
~100 Hz is sufficient. As discussed above, modern CCD and
sCMOS cameras are superior with respect to dark noise and quan-
tum efficiency, compared to point detectors used in confocal
microscopy. In addition, wide-field fluorescence microscopes are
optically simpler and often require less frequent and precise align-
ment [15].

3.2.3 Total Internal

Reflection Fluorescence

Microscopy (TIRF)

As discussed above, wide-field approaches have, in certain cases,
advantages over confocal approaches, at the cost of time resolution
and worse suppression of out-of-focus background fluorescence
than in confocal microscopy. This latter problem is addressed in
TIRF microscopy, in which the evanescent wave resulting from a
totally internally reflected laser beam is used for fluorescent excita-
tion. The evanescent wave, generated by reflection on a glass–water
interface, penetrates into the medium with lower refractive index
(the water) and its intensity I drops exponentially with distance (z)
into the low-index medium [43]:

I zð Þ ¼ I 0 � exp �z=dð Þ, ð6Þ
with I0 the intensity at the surface and d the decay constant. The
decay constant of the intensity of the evanescent wave is on the
order of 100 nm, depending on the angle of incidence and the
refractive indices of glass and medium. To obtain total reflection
and generate an evanescent wave, the angle of incidence of the laser
beam impinging on the glass–water interface needs to be larger
than the critical angle (θc):

θc ¼ arcsin n1=n2ð Þ, ð7Þ
where n1 and n2 are the refractive indexes of water and glass
respectively. At the glass–water interface the internal reflection is
achieved at an θc of 61

�. These high angles of incidence are usually
obtained in one of two ways: (1) by using a prism, coupled to the
coverslip on the side of the sample opposite to the objective. (2) By
using an ultra-high NA objective (>1.45) and coupling in the laser
beam off axis, on the edge of the entrance pupil [44] (Fig. 3c). The
key advantage of TIRF microscopy is that only fluorophores close
to the interface will be excited and fluorophores deeper in the
sample will not, resulting in a reduced background. Disadvantages
of TIRF microscopy are that the excitation intensity strongly
depends on the depth in the sample, making comparison of fluo-
rescence intensities difficult and that the polarization of the evanes-
cent wave is complex.

3.2.4 Selective-Plane

Illumination Microscopy

(SPIM)

A different imaging modality that has recently received a lot of
attention is SPIM or light-sheet fluorescence microscopy [45]. In
SPIM, the detection branch is essentially identical to that of a wide-
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field fluorescence microscope. Excitation light, however, is
provided by another objective, perpendicular to the detection
objective. By using a weakly focusing excitation objective, a thin
(on the order of one to several micrometers) sheet of excitation
light is created, only illuminating the sample very close to the focal
plane of the detection objective [46]. Because of limited space to
arrange two perpendicular objectives, often water-dipping objec-
tives are used with lower NA than would be desired for single-
molecule applications. These instruments have found wide-spread
application in studies of larger, living objects, such as developing
embryos embedded in an agarose gel [47]. The key advantage of
SPIM in these applications is that the light-dose is minimal, allow-
ing long-term imaging without photo damage. Several implemen-
tations of SPIM employing higher-NA objectives have made single-
molecule experiments possible, albeit using open sample chambers
[48], or complex sample-cell designs implementing micro mirrors
[49, 50]. It is very likely that SPIM techniques will find further
application in the single-molecule fluorescence field, in particular
inside living cells and organisms.

4 Measurables

4.1 Counting

the Number

of Fluorescent

Molecules Within

a Diffraction-Limited

Spot

So when an instrument is built and a sample prepared, how does
one know one is looking at a single molecule? Observation of a
single diffraction-limited spot is not enough: the Rayleigh criterion
tells us that when particles are too close they cannot be resolved and
will be imaged as a single spot. The most straightforward signature
of fluorescence arising from a single fluorophore is step-wise photo-
bleaching: the intensity is for a while rather constant, until photo-
bleaching occurs and the signal abruptly drops to the background
level. Another signature is the intensity, which should be constant
from molecule to molecule, however orientation or polarization
effects can substantially modulate fluorescence intensity (see
below). If the intensity of a fluorescent spot is due to more than
one fluorophore, the number of fluorophores can be determined in
two ways. (1) By comparing the fluorescence intensity of the spot to
the average value of single fluorophores (Fig. 4a). To correct for
possible bleaching within the first frame the intensity at t¼ 0 can be
extrapolated by fitting an exponential decay to the fluorescence
intensity profile over time [51]. (2) One can also determine the
number of fluorophores by counting the number of bleaching
steps. This approach has for example been used to determine the
number of Ase1p dimers incorporated in multimers bound to
microtubules [52]. On the other hand, at conditions when photo-
bleaching is negligible the changes in numbers of molecules due to
association or dissociation can be measured. This approach has
been used to determine the number of Rad51 monomers disassem-
bling from DNA in a single burst [53].
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4.2 Localization

of Single Molecule

We have seen above that the resolution of a fluorescence micro-
scope is limited by diffraction, to about half the wavelength of the
emitted light. The resolution is a measure for how close two point
sources can be to be still resolvable (Fig. 4b), it does not restrict the
accuracy with which the location of a single point source can be
determined. By fitting the resulting image with the PSF (often an

Fig. 4 Measurable parameters in single-molecule fluorescence microscopy. (a) The number of fluorophores
within a fluorescent spot, even though they are not resolvable, can be deduced from the intensity of that spot.
(b) Localization of single fluorophores. The fluorophores are imaged as Airy disks, which can be approximated
with a 2D Gaussian. The limit in which two neighboring fluorophores can still be resolved is described by
Rayleigh criterion. (c) Colocalization is achieved by using labels with different colors. By imaging both color
channels simultaneously on a CCD camera the precise localization of both fluorophores can be determined. (d)
FRET reports on the distance between two spectrally distinct dyes, and can be used to study for example intra-
molecular conformational changes. When the distance between the dyes is in the order of tens of Å
(20 Å < r < 90 Å), the energy can get transferred from the donor (D) to the acceptor (A) causing an increase
in acceptor signal. When the distance between the dyes is large (r > 90 Å) no energy transfer occurs and the
acceptor signal will be low. (e) Fluorescence polarization reports on orientation or orientational dynamics.
Circularly polarized light can be used to excite dyes in all orientations. Subsequently, the emitted light is
filtered for a specific polarization
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approximation with a Gaussian is sufficient), the location of the
maximum of the image can be determined with far greater accuracy
than the width of the PSF. This method is frequently used in single
particle tracking (SPT) [41, 54]. Given the noise encountered in
most single-molecule experiments a PSF of the microscope with a
full width at half maximum of ~1.5–2 pixel yields best results for the
accuracy [55]. The uncertainty in the localization of a point source
(Δx) depends on the size of the pixels (a), the number of photons
(N), the background noise (b), the standard deviation of the point
spread function (s) [55, 56]:

Δxð Þ2
D E

¼ s2

N
þ a2=12
� �

N
þ 8πs4b2

a2N 2
: ð8Þ

The first term represents the photon counting noise (s2/N), the
second term represents pixelation noise arising from the uncer-
tainty of where in the pixel the photon arrived (a2/12N). The
final term is due to background noise. Under typical single-
molecule fluorescence conditions, position accuracies down to
about 2 nm can be achieved [56].

4.3 Detection

of Motion of Single

Molecules

Given this high localization accuracy, the positions of an emitting
fluorophore can be determined in each image from a time stack of
images and subsequently a trajectory can be reconstructed by con-
necting the positions. Using this approach, the motion of single-
molecules can be accurately determined. Care has to be taken that
the motion of the molecules is not too large within the acquisition
time of an image, since this can smear out the Gaussian intensity
profile, complicating fitting. This problem can be avoided by using
short acquisition times and increasing the excitation intensity, at the
cost of enhanced photobleaching. It is important in single-molecule
tracking to find the proper balance between movement of a particle
within the acquisition time, and the total number of time points
(frames) over which the particle is observed [57]. Motion of biomo-
lecules can be directional (for example driven by motor proteins) or
diffusive (like membrane proteins). To analyze the precise nature of
mobility, often the mean square displacement (MSD) is calculated as
a function of time. Motion with constant speed (and direction) leads
to an MSD that increases with the square of time, while diffusive
motion results in a linear increase of the MSD with time. The
localization uncertainty leads to a constant offset in the MSD, due
to its time-independence [41, 58]. The MSD analysis was for exam-
ple used to show that, depending on the exact conditions, the motor
protein kinesin-5 can switch between different modes of motility;
diffusion and directed motion [59].
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4.4 Single-Molecule

Localization

Super-Resolution

Microscopy

As discussed in the previous paragraphs, the localization of a single
fluorescent molecule can be determined with a substantially higher
accuracy than the optical resolution of the microscope. This trait
has been used to overcome the diffraction-limited resolution of an
optical microscope (in the order of half the wavelength of the light
used) in single-molecule localization super-resolution methods
such as PALM [60] and STORM [61]. In these methods, many
consecutive images of a sample are taken. The trick is that using
photo activation of specific fluorophores [60, 61] or using chemical
switching of the fluorescence [62], during a single image only a
limited number of single fluorophores is active and recorded. The
location of these single molecules can be determined as indicated
above with a higher accuracy than the optical resolution. The
localizations of many of such single molecules obtained after
many cycles of photo activation, imaging and photo bleaching can
be combined in a single reconstituted image with a substantially
higher resolution (tens of nanometers) than the diffraction limit.
The resolution depends both on the density of fluorophores and
the localization accuracy achieved.

4.5 Colocalization

of Fluorescent

Molecules

One of the key interests in (cell) biology is to resolve which proteins
interact and how. To this end, proteins of interest can be labeled
with differently colored fluorophores [63–65] . Subsequently the
different dyes can be excited by the appropriate lasers and the
fluorescence signal can be separated in two or more wavelength
channels and detected independently using different cameras or
side-by-side on one. In this way, different biomolecules can be
tracked simultaneously and their motion can be correlated to
resolve whether they move independently or interact (part of the
time) (Fig. 4c). High-resolution colocalization was applied to show
myosin V’s alternating heads while it walked hand-over-hand along
an actin filament, for example [65].

4.6 Förster

Resonance Energy

Transfer (FRET)

Positions and distances of single fluorophores can be determined
with an accuracy that is substantially smaller than the diffraction
limit using PSF fitting (see above). This approach is very powerful,
but has its limitations, in particular in its poor time resolution and
its inability to resolve multiple molecules that are closer than the
optical resolution, without photobleaching them. An excellent
method to measure relative distances and changes on a length
scale of ~2–9 nm is FRET (Fig. 4d). In FRET two spectrally distinct
fluorophores are used. One, with the highest energy excited state, is
excited and serves as donor, the other as acceptor. When the two
fluorophores are close and their dipoles oriented favorably, dipole-
dipole coupling can occur and excitations can be transferred from
donor to acceptor. The distance dependency of the FRETefficiency
(E) is:
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E ¼ 1

1þ R=R0ð Þ6 : ð9Þ

With R the distance between donor and acceptor and R0 the
Förster distance. The Förster distance is defined as the distance at
which half the fluorescence of the donor is transferred to the
acceptor. The Förster distance depends on the overlap of the emis-
sion spectrum of the donor with the absorption spectrum of the
acceptor, the relative orientation of donor and acceptor dipole
moments and the fluorescence quantum yield of the donor. It has
a typical value of about 5 nm [5]. FRET has proven to be a valuable
tool to study conformational dynamics in nucleic acids and pro-
teins. Examples are the folding of ribozymes [66] and the observa-
tion of conformational dynamics in kinesin-1 [67, 68].

4.7 Fluorescence

Polarization

Another way to measure conformational dynamics of single bio-
molecules is to use the polarization of the fluorescence signal.
Absorption and emission are governed by the interaction of the
absorption and emission transition dipole moments of the chromo-
phore, which are vectors, with the electric component of the elec-
tromagnetic light field, also a vector. Using polarized light for
excitation and/or a polarizer in the emission path allows obtaining
the orientation and dynamics of the transition dipole moment. Care
needs to be taken that the fluorophore is not free to rotate with
respect to the biomolecule of interest, but that its orientation is
tightly linked to that of the biomolecule. This can be achieved by
using bisfunctional fluorophores that are connected with two
chemical links to the protein or nucleic acid of interest [69]. One
way of determining dipole orientations on the single-molecule level
is to excite with circularly polarized light and to split the resulting
fluorescence in two perpendicular linearly polarized signals,
detected with two APDs or side-by-side on a CCD chip (Fig. 4e).
Another way is to detect without polarizers, but to use alternating
(linear) polarization of the excitation light. If one combines polar-
ized excitation with polarized detection, a separation can be
obtained of the depolarization due to rapid fluorophore orientation
(on the nanosecond scale) and much slower conformational
changes. Polarization methods have for example been applied to
study the conformational changes occurring during stepping of the
kinesin-1 motor protein [70].

5 Concluding Remarks

Here we have provided a short and broad overview of the wealth of
single-molecule fluorescence approaches and their backgrounds.
These tools have become indispensable in the study of diverse
processes such as the active and diffusive motion of biomolecules,

110 Siet M.J.L. van den Wildenberg et al.



their conformational changes, and their assembly and disassembly.
In the following Chapters 6 till 10, several approaches will be
discussed in more depth, including detailed protocols.
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Chapter 6

Fluorescent Labeling of Proteins

Mauro Modesti

Abstract

Many single-molecule experimental techniques exploit fluorescence as a tool to investigate conformational
dynamics, molecular interactions, or track the movement of proteins in order to gain insight into their
biological functions. A prerequisite to these experimental approaches is to graft one or more fluorophores
on the protein of interest with the desired photophysical properties. Here, we describe procedures for
efficient methods used to covalently attach fluorophores to proteins. Alternative direct and indirect labeling
strategies are also described.

Key words Fluorescent protein labeling, Cys light, Lys light, Fluorescent tagging

1 Introduction

The design of fluorescence-based single-molecule experiments
requires choosing an optimal fluorophore as marker to monitor a
particular protein activity. Tryptophan intrinsic fluorescence emis-
sion can be very useful to study the folding, conformational dynam-
ics, and interactions of a protein. However, since quartz optics are
required, complicated photophysical properties and many proteins
lack tryptophan residues, the choice of tryptophan as a fluorophore
is often unpractical for single-molecule experimental techniques.
Thus, attaching an “extrinsic” fluorophore moiety to the protein of
interest is the most frequent route used to make the protein glow.
One approach commonly used for in vivo experiments is to gener-
ate a chimer of the protein of interest by fusion to an intrinsically
fluorescent protein that fluoresces in the visible/near infrared range
of the electromagnetic spectrum. Collections of intrinsically fluo-
rescent proteins exist, such as the jellyfish green fluorescent protein
(GFP) and its variants that can be attached by genetic engineering
to either the amino or the carboxyl terminus of a protein or even
inserted in frame internally to the protein [1]. These protein-based
fluorophores are very useful for in vitro experiments as well but they
are relatively bulky and can perturb the original protein function. In
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addition, their photophysical properties are complex and influ-
enced by pH, ionic strength, or any factors affecting protein fold-
ing. Instead of fusing such an intrinsic fluorescent protein, small
synthetic fluorescent organic compounds can covalently be
attached to the protein of interest. A large number of small fluor-
ophores including the ATTO dyes, the CF dyes, the cyanine dyes,
the HiLyte Fluors, the Alexa Fluors, or the DyLight Fluors have
been developed and are commercially available. These small, photo-
stable and bright fluorophores are generally much less sensitive to
buffer conditions as compared to intrinsically fluorescent proteins.
Moreover, the chemical and photophysical properties of these small
fluorophores are usually well defined, which allows selection of the
dye with the most optimal properties for a given single-molecule
application. In a fluorescence correlation spectroscopy experiment,
for example, a dye with high quantum yield and weak nonspecific
binding to the protein of interest, resistant to irreversible photo-
bleaching and to triplet state excitation can be optimally selected.
Or, if the application requires detection and visualization of a single
fluorophore, one would want to select a dye with reduced blinking
behavior.

Most of these chemical dyes can be purchased in a “functiona-
lized” formwith a reactive group for specific covalent attachment to
proteins on, for instance, the -SH group of cysteine residues or the -
NH2 group of lysine residues. In this chapter, we describe proce-
dures for labeling proteins with such functionalized fluorophores,
as well as alternative procedures. The presentation of these proto-
cols is intended to guide researchers in biophysics that do not have
much experience with protein handling. Each method will be illu-
strated with an example from our laboratory, not only to show to
the reader how results should look like but also to highlight com-
monly encountered problems and drawbacks when using these
procedures.

2 Materials

2.1 Buffers

and Solutions

1. 0.5 M MES-NaOH pH 6.2.

2. 0.5 M MOPS-NaOH pH 7.0.

3. 1 M Tris-HCl pH 7.5; 1 M Tris-HCl pH 8.0.

4. 1 M HEPES-NaOH pH 8.2.

5. 2 M Imidazole-HCl pH 7.5, stored at dark at +4 �C.

6. 0.5 M EDTA-NaOH pH 8.0.

7. IPTG dissolved in water at 1 M and stored at �20 �C.

8. 1 M DTT freshly prepared as a solution in water.

9. 5 M NaCl.
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10. 3 M KCl.

11. Anhydrous DMSO, stored at +4 �C in a desiccator.

12. Glycerol.

13. SDS 20% (w/v).

14. β-mercaptoethanol.

15. Coomassie Brilliant Blue R-250.

16. Ampicillin sodium salt, solution at 100 mg/ml in water, store
at �20 �C.

17. Chloramphenicol, solution made at 34 mg/ml in ethanol,
store at �20 �C.

18. Storage buffer A: 0.3 M KCl, 20 mM Tris-HCl pH 8, 1 mM
DTT, 0.5 mM EDTA and 10% glycerol.

19. Labeling buffer A: 0.5 M NaCl, 50 mM MOPS-NaOH pH 7,
0.5 mM EDTA and 10% glycerol.

20. Storage buffer B: 0.5 M KCl, 20 mM Tris-HCl pH 8, 1 mM
DTT, 0.5 mM EDTA and 10% glycerol.

21. Labeling buffer B: 0.5 M NaCl, 50 mM HEPES-NaOH pH
8.2, 0.5 mM EDTA and 10% glycerol.

22. Labeling buffer C: 1 M NaCl, 50 mM MOPS-NaOH pH 7,
0.5 mM EDTA and 10% glycerol.

23. PBS: 137 mM NaCl; 2.7 mM KCl; 4.3 mM Na2HPO4;
1.47 mM KH2PO4. Adjust to pH 7.4 with NaOH.

24. 2� lysis buffer: 1 M NaCl, 40 mM Tris-HCl pH 7.5, 4 mM β-
mercaptoethanol, 10 mM imidazole pH 8 and 20% glycerol.

25. Buffer R: 50 mM KCl, 20 mM Tris-HCl pH 7.5, 1 mM DTT,
0.5 mM EDTA and 10% glycerol.

26. Protein sample buffer: 2% w/v SDS, 62.5 mM Tris-HCl pH
6.8, 25% Glycerol, 0.01% w/v bromophenol blue, 0.72 M β-
mercaptoethanol.

27. Staining solution: 10% ethanol, 7% acetic acid and 1 g/l Coo-
massie Brilliant Blue R-250.

28. Destaining solution: 10% ethanol, 7% acetic acid.

2.2 Dyes Alexa Fluor dyes (Invitrogen), ATTO dyes (Sigma-Aldrich) are
dissolved in anhydrous DMSO and used immediately.

2.3 SDS-PAGE 1. Precast NuPAGE Bis-Tris Gels with MOPS running buffer
(Invitrogen).

2. Prestained Precision Plus Protein Standards (BIO-RAD).

2.4 Columns 1. Econo-Pac 10DG columns (BIO-RAD).

2. PD SpinTrap G-25, HisTrap FF, HiTrap Q HP, and HiTrap
Heparin HP columns (GE Healthcare).
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2.5 Media

and Bacterial

Expression

Rosetta/pLysS cells (Novagen) were used as host for inducible
expression of hRPA-eGFP. Cells were grown in LB broth (bacto-
tryptone 10 g/l, yeast extract 5 g/l, NaCl 10 g/l) supplemented
with antibiotics as indicated.

3 Methods

The “Cys light” and “Lys light” methods for covalent attachment
of small organic fluorophores to proteins will be described. Alter-
native labeling procedures will be presented that can be used in case
the latter two methods fail to yield suitable reagents. Each method
will be illustrated with an example from our laboratory, highlight-
ing commonly encountered problems when using these methods.
We will describe means to analyze the extent and the specificity of
the labeling reaction. Importantly, whatever the labeling method
used, it is essential to verify that the original activity of the protein
has not been altered by the labeling procedure.

3.1 The Cys Light

Method: Labeling

of the hHOP2-MND1

Protein Complex

The maleimide chemical group reacts with the -SH group (thiol) of
cysteine residues of proteins to form a covalent thioether bond (see
Note 1). Because of the high specificity and efficiency of this
reaction, the functionalization of organic fluorescent compounds
with a maleimide group has developed as the method of choice over
other -SH reactive groups such as iodoacetamide. A large selection
of organic fluorophores functionalized with a maleimide group is
available commercially. Below we present a modification of the
labeling method recommended by Molecular Probes but adapted
to the labeling of the hHOP2-hMND1 protein complex on cyste-
ine residues. The hHOP2 and hMND1 proteins form a heterodi-
meric complex [2]. Each protein contains three cysteine residues.
The lack of three-dimensional structural information does not
allow prediction of the surface exposed cysteine residues of the
complex. Since the focus of this chapter is on protein labeling
procedures and not purification methods, we will assume that the
researcher has access to a source of purified protein. For all proce-
dures, work on ice or in the cold as much as possible and avoid
exposure to light when handling fluorophores.

1. To ensure that surface exposed cysteines are in a reduced form
and reactive toward the maleimide group, freshly prepared
DTT (see Note 2) is added to a final concentration of 20 mM
to 3 ml of the protein solution at a concentration of 2 mg/ml
in storage buffer A, and incubated on ice for 30 min.

2. After reduction, the protein sample is buffer exchanged (see
Note 3) into deoxygenated labeling buffer A (see Notes 4 and
5), and finally recovered into 4 ml.
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3. Alexa Fluor 488 C5 maleimide (or Alexa Fluor 546 C5 mal-
eimide) is dissolved in anhydrous DMSO (see Note 6) and
immediately added to the protein solution at fivefold molar
excess of dye over the protein (see Note 7). From this step on,
protect the sample from exposure to light as much as possible
using aluminum foil. The dye solution should be added rapidly
drop by drop while stirring the solution with a small magnetic
bar to avoid local concentration effects. The reaction mixture is
left to incubate at +4 �C for 2 h with stirring.

4. At the end of the reaction, DTT is added to 10 mM final
concentration and further incubated for 30 min to quench
the excess reactive dye.

5. The volume is brought up to 6 ml with labeling buffer A and
centrifuged at 20,000 � g in a Sorval SS34 rotor for 30 min to
remove aggregates (seeNote 8). The sample is divided into two
aliquots of 3 ml and each aliquot is buffer exchanged into the
desired buffer using Econo-Pac 10DG columns to remove
excess dye (see Note 3). In this case we buffer exchange into
storage buffer A. The two aliquots are pooled giving 8 ml of
labeled protein solution that should be at around 0.7 mg/ml, if
no loss by aggregation has occurred. At this stage the sample
can be concentrated if desired (see Note 9), aliquoted and
stored at �80 �C after flash freezing in liquid nitrogen. Even
after passage on the Econo-Pac 10DG column, presence of free
dye is often observed. To remove the residual free dye, we
dialyze the protein samples (8 ml) prior to concentration for
4 h against 2 l of storage buffer A (see Note 10).

6. The extent of the labeling reaction was assessed by denaturing
and reducing SDS-PAGE analysis, using 20 μl of the prepara-
tion (seeNote 11). As shown in Fig. 1 the labeling is apparently
complete since the mobility of both proteins after labeling is
retarded compared to the unlabeled control (seeNote 12). The
dye has been covalently attached to both hHOP2 and hMND1
subunits. The degree of labeling (DOL or dye-to-monomer
ratio) is estimated spectrophotometrically (seeNote 13), giving
in this case DOLs of 4.5 and 4.3 for the Alexa Fluor 488 C5
maleimide and the Alexa Fluor 546 C5 maleimide labeling
reaction, respectively. This suggests that four of the possible
six Cys residues in the heterodimeric complex are exposed to
solvent. It can also be noticed that the fluorescent signal after
labeling is more intense for hMND1 than for hHOP2 (see
Fig. 1, bottom panel obtained by fluor imager scanning of
the gel before Coomassie staining). This difference in intensity
suggests that hMND1 has more cysteine residues exposed to
solvent than hHOP2 but further analysis by mass spectrometry
is required to prove this point.
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7. This protocol is relatively large scale but the reactions can be
scaled down to 100 μl when optimizing reaction conditions
keeping the protein concentration at around 1–2 mg/ml. First
treat the protein sample with DTT as described in step 1. Then
buffer exchange the protein into labeling buffer A using a PD
SpinTrap G-25 column (see Note 14). Perform reaction series
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Fig. 1 Fluorescent labeling of the hHOP2-hMND1 complex by the Cys light
method. The hHOP2-hMND1 complex was labeled with Alexa Fluor 488
maleimide (A-488) or Alexa Fluor 546 maleimide (A-546) and compared to the
unlabeled preparation (U) by denaturing and reducing SDS-PAGE analysis.
M ¼ protein size standards. After electrophoresis, the gel was first scanned
with a Fluor Imager FLA-5100 (Fujifilm) to detect emission of Alexa Fluor 488
(middle panel) or Alexa Fluor 546 (bottom panel). Next, the gel was stained with
Coomassie Brilliant Blue R-250 to reveal all proteins and visualized by bright field
illumination (top panel)
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to optimize labeling conditions (label-to-protein ratio, time of
incubation, temperature of incubation, pH, buffer conditions
and ionic strength, we typically use NaCl or KCl). The reaction
is quenched by addition of DTT as in step 4. Ten microliter of
each reaction mixture can directly be analyzed by SDS-PAGE
analysis to verify covalent attachment of the dye. Excess free
dye will be visible in the running front of the gel. The reaction
that is most optimal can further be buffer exchanged into a
desired storage buffer using a PD SpinTrap G-25 column as
described above. In general, this small-scale preparation gives
enough reagent to perform pilot experiments in single-
molecule setups keeping in mind that free dye might still be
present in the preparation.

8. When using recombinant protein that contains a polyhistidine
tag the labeling reaction can be done on a 1 ml HisTrap FF.
Load 1–5 mg of protein on the column in a labeling buffer free
of DTT and EDTA and pH not lower than 7. As a general
practice keep all fractions for analysis by SDS-PAGE analysis if
required. Dilute the DMSO dye solution in 2 ml of labeling
buffer at the desired dye-to-protein ratio. Gently flush the dye
solution in the column and let incubate at the desired temper-
ature for the desired time. After the reaction, flush 10 ml of
labeling buffer to remove free dye. Elute the labeled protein
with labeling buffer A containing 250 mM imidazole pH 8.0
(adding 1 mM EDTA to the elution buffer is fine but may strip
the nickel). First flush 1 ml of elution buffer on the column and
let sit for 15 min. Recover the protein by injecting 2 ml of
elution buffer. Discard the column, as it is best to avoid reusing
them to prevent contamination with different dyes. Dialyze
into the desired storage buffer containing 10% glycerol. Ali-
quot, flash-freeze in liquid nitrogen and store at �80 �C.

3.2 Site-Specific

Labeling by the Cys

Light Method: Labeling

of hRAD51

For many fluorescent single-molecule applications, it is advanta-
geous to obtain a preparation of a fluorescent variant of the protein
of interest in which every monomer is specifically labeled at a
selected surface position. The development of such a reagent is of
course more time consuming, but in the end, it will greatly help
interpretation and analysis of results. As an example, we describe
here how the Cys light method was used to specifically label a
protein at a specific surface position [3]. The human RAD51
recombinase monomer contains five cysteine residues of which
Cys31 and Cys319 are exposed to solvent according to structural
predictions. To obtain a homogeneous population of monomers
having a single and discrete label, each on the same position,
namely residue Cys31, we mutated Cys319 to Ser by site-directed
mutagenesis of the plasmid expression construct thereby removing
the -SH group at position 319. Labeling of the C319S hRAD51
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variant with Alexa Fluor 488 C5 maleimide or Alexa Fluor 555 C2
maleimide was performed as described in Subheading 3.1 (steps
1–6). DOL of 0.8 and 1.1 were measured respectively and has
shown in Fig. 2a, both labeling reactions went to completion as
judged by the retarded mobility of the labeled samples in the gels.
Mass spectrometry of the full-length labeled protein samples (see
Note 15) shows that the Alexa Fluor 488 C5 maleimide labeled
sample is homogeneous, containing mostly monomers with one
single dye covalently attached (Fig. 2b, left panel). In contrast,
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variant C319S were labeled with Alexa Fluor 488 maleimide (A-488) or Alexa Fluor 555 maleimide (A-555) and
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analysis of the Alexa Fluor 555 C2 maleimide labeled sample shows
that a substantial fraction of monomers have incorporated two dye
molecules (Fig. 2b, right panel). Thus different dyes with different
carbon arm linkers may have different specificities. The identifica-
tion of the residue(s) giving nonspecific labeling will require further
detailed mass spectrometry analysis after protease digestion.

3.3 The Lys Light

Method: Labeling

of hSSB1 and hSSB2

The other popular chemistry used to covalently attach a fluoro-
phore to a protein are succinimidyl-ester orN-hydroxysuccinimidyl
(NHS)-ester conjugates, which are reactive towards amine groups
such as ε-amino groups of lysines or the amine terminus of proteins,
forming a chemically stable amide bond (see Note 1). Below we
describe the labeling of hSSB1 and hSSB2 proteins with modifica-
tions of the procedure recommended by ATTO-TEC (seeNote 16)
[4]. Lysine residues are typically abundant in proteins and the
procedure can give very high DOLs.

1. The protein sample (3 ml) is supplied in storage buffer B at a
concentration of 2 mg/ml and buffered exchanged in labeling
buffer B using an Econo-Pac 10DG column and recovered in
4 ml. Maintaining the pH just above 8 will ensure that the
exposed ε-amino groups are sufficiently deprotonated and thus
reactive towards the NHS ester and that the competing reac-
tion with hydroxyl ions is minimized.

2. Atto 488-NHS ester is dissolved in anhydrous DMSO and
added at twofold molar excess of dye over the protein (see
Notes 6 and 7). The dye solution should be added rapidly
drop by drop while stirring the solution with a small magnetic
bar to avoid local concentration effects. The reaction mixture is
left to incubate at +4 �C for 1 h or at room temperature for
30 min with stirring. We find that the reaction is quite fast and
that with some samples 5 min incubation at room temperature
is sufficient to label the protein to completion.

3. The reaction is quenched by addition of Tris-HCl pH 7.5 to
0.1 M and further incubated for 5 min.

4. The volume is brought up to 6 ml with labeling buffer and
centrifuged at 20,000 � g in a Sorval SS34 rotor to remove
aggregates. The sample is divided into two aliquots of 3 ml and
each aliquot is buffer exchanged into the desired buffer using
Econo-Pac 10DG columns to remove excess dye (see Note 3).
In this case we buffer exchange into storage buffer B. The two
aliquots are pooled giving 8 ml of labeled protein solution that
should be at around 0.7 mg/ml if no loss by aggregation has
occurred. At this stage the sample can be concentrated if
desired (see Note 9), aliquoted and stored at �80 �C after
flash freezing in liquid nitrogen. Even after passage on the
Econo-Pac 10DG column, some low level of free dye is often
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observed. To remove the residual free dye, we dialyze the
protein samples (8 ml) for 4 h against 2 l of storage buffer B
(see Note 10).

5. Figure 3 shows an assessment of the extent of the labeling
procedure by SDS-PAGE analysis. DOLs of 6 and 5 dyes per
monomer where measured for hSSB1 and hSSB2 respectively
(13 and 11 possible lysine residues for hSSB1 and hSSB2,
respectively). However, although we obtained very high
DOLs with this method, the labeled proteins were not able to
bind DNA as efficiently as the unlabeled protein. Further opti-
mization (lower dye-to-protein ratio, shorter time and lower
temperature of incubation) will be required to find labeling
conditions that will preserve the original activity of the pro-
teins. Alternatively, the Cys light method could be tried.

3.4 N-terminus

Labeling by the Lys

Light Method: RecA

Labeling

Because the N-terminal amine group of proteins has a pKa value
that is lower than 9, performing a labeling with a NHS-ester dye
conjugate at pH 7 or lower can in principle target the attachment
of the dye to the N-terminal amine group of proteins. At this pH,
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Fig. 3 Fluorescent labeling of hSSB1 and hSSB2 by the Lys light method.
Preparations of hSSB1 or hSSB2 were labeled with ATTO 488 NHS (A-488) and
compared to the unlabeled preparations (U) by denaturing and reducing SDS-
PAGE analysis. M ¼ protein size standards. After electrophoresis, dye
attachment was visualized by U.V. light transillumination of the gel (bottom
panels) or after Coomassie Brilliant Blue R-250 staining (top panels)
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ε-amino groups of solvent exposed lysines are expected to be fully
protonated and nonreactive towards NHS esters. Thus, applying
the Lys light method at low pH could in principle be a convenient
method to generate a preparation of a fluorescent variant of the
protein of interest in which every monomer is specifically labeled at
a specific surface position. We tried to apply this principle to the
labeling of the RecA protein. First, we produced a variant of RecA
with a cleavable N-terminal polyhistidine tag that can be cut by
incubation with the TEV protease (see Fig. 4a). After TEV protease
cleavage we can therefore assess whether the incorporated label has
been specifically attached to the N-terminus of the protein.

1. The protein sample (3 ml) is supplied in storage buffer A at a
concentration of 2 mg/ml and buffer exchanged in labeling
buffer C using Econo-Pac 10DG column and recovered in
4 ml.

2. ATTO 488-NHS ester or ATTO 633-NHS ester is dissolved in
anhydrous DMSO and added rapidly drop by drop while stir-
ring at twofold molar excess of dye over the protein (see Notes
6 and 7). The reaction mixture is incubated at room tempera-
ture for 30 min with stirring.

3. The reaction is quenched by addition of Tris-HCl (pH 7.5) to
0.1 M and further incubated for 5 min.

4. The reaction is processed as in Subheading 3.3, step 4 using
storage buffer A as recovery buffer.

5. Figure 4b shows the analysis of the extent of labeling and the
label incorporation after TEV cleavage. Clearly, it can be seen
that the label has been attached to the N-terminal fragment but
also internally. DOLs of 2.2 and 2.3 for the ATTO 488 and
ATTO 633 labeling were measured spectrophotometrically.
Thus, under these conditions of pH 7, specificity of the reac-
tion towards the N-terminus was not observed. Mass spec-
trometry analysis of the labeled full-length proteins shows
that we obtained a very complex and heterogeneous mixture
with species that have acquired even 4 dyes per monomer (see
Fig. 4c). Perhaps, the ε-amino groups of solvent exposed lysine
residues of RecA have a pKa value lower than expected due to
their local environment. It can be noticed that the DOLs
determined spectrophotometrically only give average and
approximate values.

6. To further optimize the labeling reaction, we performed addi-
tional labeling reactions with ATTO 633 NHS as described in
steps 1–5 using labeling buffer C in which the MOPS-NaOH
pH 7.0 is replaced with MES-NaOH pH 6.2 or HEPES-
NaOH pH 8.2. Unfortunately, as judged by fluorescence quan-
tification after TEV cleavage, the labeling in the three different
pH conditions behaved similarly giving both N-terminal and
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Fig. 4 Fluorescent labeling of RecA by the Lys light method at low pH. (a) The RecA protein was produced with
an N-terminal His tag cleavable by the TEV protease. (b) The His-RecA preparation was labeled with either



internal attachment of the dye (data not shown). We conclude
that at least one internal Lys residue is reactive towards the
NHS ester group even when the pH is buffered at 6.2. Perhaps,
the local environment is influencing the pKa of this putative
surface-exposed lysine residue. However, another group has
been successful in specifically labeling RecA at the N-terminus
using a 5(6)-carboxyfluorescein, succinimidyl ester [5]. Thus,
the chemical properties of the dye might also influence the
specificity of the reaction. Alternatively, we will have to opti-
mize the ratio of dye to protein and/or the reaction kinetics
when working with ATTO NHS ester conjugates.

3.5 Fusion

to an Intrinsically

Fluorescent Protein:

Production

and Purification

of hRPA-eGFP

Sometimes fluorescent labeling by chemical modification is not
efficient or destroys the original activity of the protein. An alterna-
tive to make the protein glow is to generate a fusion of the protein
to an intrinsically fluorescent protein such as eGFP. Below we
describe this approach for the labeling of hRPA, a single-stranded
DNA binding heterotrimeric protein complex [6, 7]. We generated
a bacterial polycistronic expression construct phRPA-eGFP (or
phRPA-mRFP1 expressing a red fluorescent construct) that pro-
duces the large subunit of hRPA tagged at its C-terminus with a
polyhistidine tagged variant of eGFP to facilitate purification
(details of plasmid constructs are available upon request). Below
we describe the expression and purification procedures as well as the
DNA binding activity analysis.

1. The expression plasmid is transformed in Rosetta/pLysS cells
(Novagen) and cells containing the plasmid are selected on LB
plates supplemented with ampicillin (100 μg/ml) and chlor-
amphenicol (34 μg/ml). A single colony is used to inoculate
50 ml of LB + amp + cm and incubated overnight at 37 �C with
agitation. The next morning, 3 l of medium in a 6 l flask are
inoculated with 30 ml of overnight preculture and incubated at
37 �C with vigorous shaking until the OD at 600 nm reaches
0.5. At that stage, IPTG is added to a final concentration of
1 mM and the temperature of the incubator is turned down to
+15 �C. Incubation at +15 �C is continued for at least 16 h.
Cells are collected by centrifugation at 3500 � g and

�

Fig. 4 (continued) ATTO 488 NHS (A-488) or ATTO 633 NHS (A-633) and compared to the unlabeled
preparations (U) before and after TEV protease cleavage (+TEV) by denaturing and reducing SDS-PAGE
analysis. M ¼ protein size standards. After electrophoresis, the gel was first scanned with a Fluor Imager
FLA-5100 (Fujifilm) to detect emission of ATTO 488 (middle panel) or ATTO 633 (bottom panel). Next, the gel
was stained with Coomassie Brilliant Blue R-250 to reveal all proteins and visualized by bright field
illumination (top panel). (c) The degree and homogeneity of labeling was analyzed by MALDI-TOF of the
full-length protein preparations
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resuspended in 10 ml of PBS. The cell paste is flash-frozen in
liquid nitrogen and stored at �80 �C.

2. To extract the protein, the frozen cell paste is quickly thawed in
lukewarm water and immediately chilled on ice. Keep working
in the cold from now on. The suspension should become very
viscous due to cell lysis and release of genomic DNA. Add 1
volume of 2� lysis buffer and resuspend by mixing with a
pipette (see Note 17). The viscosity of the sample is reduced
by sonication (see Note 18). The mixture is clarified by centri-
fugation at 20,000 � g for 1 h at +4 �C (Sorval SS42 rotor).
The supernatant containing RPA-eGFP is flushed through a
filter device with 0.45 μm pores (Millipore). Cleaner prepara-
tions are usually obtained when using a chromatography sys-
tem such as an ÄKTAFPLC (GE Healthcare). However, since
most biophysics laboratories are not equipped with such equip-
ment, we present a procedure that can be performed manually
with a syringe and gives very pure preparations as shown in
Fig. 5a. The supernatant is loaded (slowly, drop by drop) on a
1 ml HisTrap FF column pre-equilibrated with 1� lysis buffer.
The column is washed with 10 volumes of 1� lysis buffer. The
column is further washed in 5 ml steps by increasing the
imidazole concentration starting from 5 to 10, 20, 50 and
finally 250 mM imidazole in 1� lysis buffer. The bulk of
hRPA-eGFP should elute in the last 250 mM imidazole step.
The protein sample is dialyzed against 2 l of buffer R for at least
2 h at +4 �C but overnight is also fine (see Note 10). Slowly
load the protein sample on a 1 ml HiTrap Heparin HP column
equilibrated with buffer R, and wash with at least 10 ml of
buffer R. Step wash the column (5 ml) by increasing the
concentration of KCl in buffer R by 50mM increments starting
at 50–500 mM. The bulk of hRPA-eGFP elutes around
200–250 mM. Aliquot the fraction, flash freeze in liquid nitro-
gen and store at �80 �C. Presence of nucleases should be
tested. If desired the protein can be further purified by chro-
matography through a 1 ml Hitrap Q HP column by
performing exacting the same protocol as for the HiTrap Hep-
arin HP. Elution of hRPA-eGFP occurs around 250–300 mM
KCl. We advise to keep every fraction for analysis by SDS-
PAGE.

3. Figure 5 shows the denaturing SDS-PAGE analysis of a hRPA-
eGFP preparation obtained by the Histrap/Hitrap heparin
protocol described above. Figure 5 presents the analysis of
the single-stranded DNA binding activity by electrophoretic
mobility shift assay. Reassuringly, the presence of the eGFP tag
fused at the C-terminus of the large hRPA subunit does not
affect its DNA binding activity in this assay.
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Fig. 5 Purification and single-stranded DNA binding of hRPA-eGFP. (a) SDS-PAGE/Coomassie staining of an
aliquot of the hRPA-eGFP preparation (2 μg) purified on HisTrap and Heparin columns. M ¼ molecular weight
standard. (b) Electophoretic mobility shift assay showing that the fusion of eGFP or mRFP1 to C-terminus of the
large subunit of hRPA does not interfere with its single-stranded DNA binding activity. For each preparation,
the protein (1 μM for the highest final concentration, and diluted in twofold increments) was incubated with or
without 200 ng of PhiX174 single-stranded DNA in a 10 μl reaction volume containing 50 mM KCl, 20 mM Tris-
HCl pH 7.5, 5% glycerol, 1 mM EDTA, 1 mM DTT and 100 μg/ml BSA. After 20 min incubation, the binding
reactions were directly analyzed by electrophoresis in a 0.6% agarose/Tris-Borate-EDTA. Before staining, the
gel was scanned with a Fluor Imager for detection of mRFP1 or eGFP emission (middle two panels). Afterward,
the gel was stained with ethidium bromide to detect DNA and visualized on a U.V. light transilluminator (top
panel) or by scanning the gel with a Fluor Imager (bottom panel, notice that with these settings both mRPF1
and ethidium bromide emissions contribute to the signal)
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3.6 Indirect

Strategies for Protein

Fluorescent Labeling

It is also possible to label a protein by adding an affinity tag by
genetic engineering, allowing indirectly labeling with secondary
fluorescent reagents specific for the tag. Here, we will enumerate
and briefly describe a few of the possible tags that can be used and
cite companies from which reagents can be obtained (seeNote 19).

1. The AviTag (Avidity) consists in a 15 amino acid peptide tag
(GLNDIFEAQKIEWHE) that can specifically be biotinylated
in vivo or in vitro on the lysine residue using the biotin ligase
(BirA) from E. coli. Commercially available fluorescent avidin
or streptavidin can subsequently be attached “nearly cova-
lently” to the AviTagged protein.

2. The strep tag (IBA-bioTAGnology) is a very small peptide that
can be fused to a protein of interest by genetic engineering.
The strep tag mimics biotin and can bind streptavidin or avidin
with high affinity. Addition of fluorescently labeled streptavidin
or avidin thus indirectly labels the biotinylated protein.

3. The FlAsH/ReAsH system (Invitrogen). The small 6-amino
acid 1 kDa tetracysteine tag (CCPGCC), that can be fused to a
protein of interest by genetic engineering, coordinates the
FlAsH-EDT2 or ReAsH-EDT2 compounds with high affinity.
These biarsenical compounds fluoresce upon coordination to
the tetracysteine tag.

4. Fluorescently labeled antibodies specific to the protein of inter-
est could also be used for indirect labeling as long as they do
not interfere with its activities. Instead, a number of fluores-
cently labeled monoclonal antibodies specific for various epi-
topes that can be fused to the protein of interest by genetic
engineering are commercially available. The FLAG, HA and
myc epitopes are amongst the most popular ones. Finally, since
many recombinant proteins are produced as fusions to the
glutathione S-transferase or the maltose binding protein,
these moieties can also be used as anchor point for a fluorescent
antibody.

5. Fluorescent nanocrystals (quantum dots, Evident Technolo-
gies, Invitrogen) functionalized with NHS ester or maleimide
groups, or coupled to streptavidin or antibodies, might be used
for direct or indirect protein labeling.

6. Fluorescent protein labeling via the SNAP/CLIP tags (New
England Biolabs), which are small proteins derived from
human O6-alkylguanine-DNA-alkyltransferase that can be
fused by genetic engineering to the protein of interest. These
tags efficiently and specifically react covalently with fluores-
cently label ligands.

7. Fluorescent protein labeling via the HaloTag (Promega) engi-
neered from a bacterial haloalkane dehalogenase. Fluorescent
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synthetic ligands of choice can be purchased that efficiently
form stable covalent adducts with the HaloTag.

8. Fluorescent labeling of proteins at either the N- or the
C-terminus can be achieved via bacterial Sortase A mediated
ligation of fluorescently labeled peptides [8–10].

4 Notes

1. See Molecular Probes Handbook at http://www.invitrogen.
com/site/us/en/home/References/Molecular-Probes-The-
Handbook.html for a description of the chemistry.

2. The 1 M DTT stock solution should be prepared freshly.

3. The Econo-Pac 10DG column is first equilibrated by gravity
flow with 20 ml of labeling buffer (or recovery buffer). The
3 ml sample is next loaded on the column and after it has fully
entered the gel, add 4 ml of labeling buffer to elute the protein.
When performing a buffer exchange after labeling, most of the
dye should stay in the column bed.

4. Buffers are deoxygenated by gently bubbling argon gas for
30 min.

5. Most protocols do not recommend high salt concentrations
during labeling. However, we find that many proteins that we
work with require at least 250 mM salt (NaCl or KCl) to be
maintained in solution. The high salt concentration does not
affect the reactivity of the maleimide towards the -SH groups.
Performing the labeling in the presence of 0.5 M NaCl (and
sometimes even up to 1 M NaCl) helps in obtaining more
homogeneous labeling by avoiding protein aggregate forma-
tion. It is important to keep the pH below 7.5 otherwise the
maleimide group can also react with unprotonated primary
amines.

6. We purchase dyes in small quantities, typically 1 mg, and use
them promptly. Routinely, we dissolved the dye in anhydrous
DMSO (stock kept in a desiccator) because many dyes have a
poor solubility in water. Once dissolved in DMSO by vortex-
ing, spin the solution in a microfuge to remove insoluble
matters. It is best to immediately use the dye solution in a
labeling reaction. However, we find that the dye solution in
anhydrous DMSO can be kept for several weeks when stored at
�20 �C in an O-ring screwcap tube. Reactivity will drop with
time due to maleimide (or NHS-ester) hydrolysis. It is thus
important to avoid contact with humid environment and test
the labeling efficiency of the dye after prolonged storage in
anhydrous DMSO.
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7. To obtain complete labeling, the choice of the molar ratio of
dye to protein during labeling can be critical as well as the
incubation time and temperature. We typically use fivefold
and one- to twofold molar excess of dye for maleimide and
NHS ester reaction respectively. However, it is wise to first
perform small-scale pilot reactions to optimize conditions
(see Subheading 3.1, step 7).

8. It is common to find that some or all of the protein forms
aggregates after labeling. This is not a surprise since the surface
properties of the protein can be changed after labeling.
Another dye can be tried or alternatively use a variant of the
dye with a different charge for example.

9. Protein concentration can conveniently be achieved using Ami-
con Ultra centrifugal filter devices from Millipore. They come
in different sizes and with different MWCOs. Follow the sup-
plier recommendation for the choice of centrifugal speed. We
first spin an aliquot of buffer through the filter before adding
the protein sample. Be careful not to concentrate too much as
the protein might aggregate at high concentration. Proceed
first in 5 min time intervals and gentle resuspension with a
Pasteur pipette without damaging the filter.

10. We use SnakeSkin Pleated Dialysis Tubing from Pierce
(10,000 MWCO). Protein aggregation may occur after
dialysis.

11. Before loading the protein sample on the gel, 1 volume of
protein sample buffer is added to the protein aliquot and the
mixture is heated at 95 �C for 5 min. After electrophoresis the
gel is placed in destaining solution and can directly be scanned
with a Fluor Imager to visualize and quantify fluorescent sig-
nals. Free dye runs with the electrophoresis front and will
diffuse away after prolonged incubation. Note that this fluo-
rescence imaging procedure is very useful to determine if the
dye exhibits nonspecific binding to the protein of interest. For
Coomassie staining, the gel is placed in staining solution and
incubated for 1 h to overnight on a rotating table. The gel is
next destained by several incubations in destaining solution
(note that Coomassie will quench the fluorescence).

12. The mobility shift after labeling is often but not always detect-
able. The mobility shift depends on the mass-to-charge ratio,
which can be affected by attachment of the dye to the protein,
and the resolving power of the gel chosen.

13. Measurement and calculation of DOL by spectrophotometry is
described in detailed at (http://www.atto-tec.com/index.php?
id¼62&L¼1).
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14. First equilibrate the PD SpinTrap G-25 spin column by five
consecutive 400 μl washes in labeling buffer and then proceed
as recommended by the supplier. Do not exceed 100 μl for the
sample.

15. Mass spectrometry procedures will not be described here since
most universities and research centers have nowadays access to
a mass spectrometry service. For full-length protein mass mea-
surements by MALDI-TOF, it is important to work at protein
concentrations of at least 5 μM, to avoid salt, detergents and
glycerol. Reversed-Phase ZipTips from Millipore can be very
convenient. Sinapinic acid often works well as matrix for ioni-
zation of full-length proteins. Finer mass spectrometry analysis
to identify modified residues after labeling can also easily be
performed by in gel trypsin digestion (or using other
proteases).

16. http://www.atto-tec.com/index.php?id¼62&L¼1.

17. Protease inhibitor cocktails can be added during resuspension.
We typically use 1 mM PMSF in this protocol. Avoid EDTA in
your sample because it will chelate the Ni2+. Do not go higher
than 20 mM β-mercaptoethanol or add DTT to avoid reducing
Ni2+.

18. Sonicate with a microtip in short intervals of max 1 min with
interruption on ice to avoid heating of the sample. Alterna-
tively, benzonase nuclease (Novagen) can be added to the
sample but Mg2+ should then be added.

19. There is an important danger in using antibody, quantumdots,
or fluorescent streptavidin to label proteins because these
reagents may have multiple binding sites and can thus, under
the wrong conditions, multimerize the protein of interest.
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Chapter 7

Single-Molecule Imaging of Escherichia coli
Transmembrane Proteins

Aravindan Varadarajan, Felix Oswald, and Yves J.M. Bollen

Abstract

Single-molecule imaging in living cells can provide unique information about biological processes. Bacteria
offer some particular challenges for single-molecule imaging due to their small size, only slightly larger than
the diffraction limit of visible light. Here, we describe how reliable and reproducible single-molecule data
can be obtained for a transmembrane protein in the Gram-negative bacterium Escherichia coli by using live-
cell fluorescence microscopy. Fluorescent labeling of a protein by genetic fusion, cell culturing, sample
preparation, imaging, and data analysis are discussed.

Key words Single-molecule tracking, Bacteria, Escherichia coli, Transmembrane protein, Diffusion,
Fluorescence microscopy, Sample preparation

1 Introduction

Fluorescence microscopy is a powerful technique that enables
scientists to probe macromolecular organization, localization, and
dynamics in living cells. However, the maximum resolution
achieved in standard fluorescence microscopy is intrinsically limited
by the diffraction of light. This limitation is a serious problem for
imaging bacteria, since the maximal resolution (�250 nm) is com-
parable to the size of the entire cell (typically ~1–2 μm). As a result,
the structures and dynamics of key bacterial machineries, often
smaller that the diffraction limit, are hard to be probed in vivo. In
this chapter we describe a protocol for fluorescence labeling and
imaging of transmembrane proteins that allows detection of single
molecules within live E. coli cells and allows locating them with a
better accuracy than the diffraction limit. To achieve this, we genet-
ically fuse a fluorescent reporter to the amino-terminus or carboxy-
terminus of the protein of interest. Then we clone the labeled
protein into a low expression plasmid that produces ~10–100
fluorescently labeled protein molecules per cell. These cells are
grown in a shaking flask and imaged on a temperature-controlled
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microscope stage. Using wide-field fluorescence microscopy, indi-
vidual fluorescent protein molecules within bacterial cells are visua-
lized and their mobility is tracked using single-particle tracking
software.

2 Materials

1. PCR Master Mix: mix 1–2 μl of template DNA (1–10 ng for
plasmid DNA, up to 250 ng of genomic DNA), 2.5 μl
(10 pmol) forward primer, 2.5 μl (10 pmol) reverse primer,
1.4 μl of a 5 mM dNTP solution, 5 μl of 10� concentrated
polymerase buffer (provided with the enzyme), 1 μl (30 U/μl)
high fidelity DNA polymerase, and add nuclease-free water up
to a volume of 50 μl.

2. Gibson Master Mix: 50 μl Taq ligase (40 U/μl, New England
Biolabs), 100 μl isothermal buffer (5� concentrated, NEB),
2 μl T5 exonuclease (1 U/μl, NEB), 6.25 μl Phusion polymer-
ase (2 U/μl, NEB), 216.75 μl nuclease-free water. Store ali-
quots of 15 μl at �20 �C.

3. DNA Ligation Mix: 2 μl of 10� concentrated DNA ligase
buffer (provided with the enzyme), 1 μl T4 ligase, 40 fmol of
vector DNA (100 ng for a typical vector of 4 kb), and 60 fmol
of insert DNA (37.5 ng of a typical insert of 1 kb) both
restricted with the appropriate restriction enzymes; make the
volume up to 20 μl with nuclease-free water.

4. YT Medium: add 16 g Tryptone, 10 g Yeast Extract, 5 g NaCl
in ~900ml of distilled water, Adjust the pH to 7.0 with NaOH,
make the volume up to 1 l with distilled water, sterilize the
solution by autoclaving.

5. M9 Medium: dissolve 6 g Na2HPO4, 3 g KH2PO4, 1 g
NH4Cl, 0.5 g NaCl in 900 ml deionized water and autoclave
the solution. Subsequently add from filter-sterilized stock solu-
tions: 2 ml of 1 MMgSO4, 0.1 ml of 1 M CaCl2, 20 ml of 20%
glucose, 10 ml of 10% casamino acids, 10 ml of 1% (w/v)
thiamine. Make the volume up to 1 l with sterile water.

6. Agarose: very pure low melting agarose.

7. VALAP wax: 10 g Paraffin, 10 g Lanolin, 10 g Vaseline, slowly
heated to 60 �C while gently stirring.

3 Methods

3.1 Plasmid

Construction

and Cloning

1. Amplify the DNA sequence encoding the protein of interest
from the chromosome of the E. coli strain of interest using
Polymerase chain reaction (PCR). Protocols for genomic DNA
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isolation, primer design, and PCR reactions are described else-
where [1].

2. In order to fluorescently label the protein of interest, amplify
the DNA sequence of a fluorescent protein (see Note 1) and
fuse it to the N-terminal or C-terminal end of the protein of
interest by cloning the two genes in one open reading frame,
using for example Gibson isothermal assembly [2]. It is impor-
tant to verify that folding, localization, and activity of the
protein of interest are not affected by fusion to a fluorescent
protein. Appropriate control experiments should be performed
in order to check the activity of the fusion protein. Parameters
that can be varied in order to reduce the influence of the
fluorescent protein on the target protein’s folding and function
include the place where the fluorescent protein is fused (N-
terminus, C-terminus, or sandwiched in a loop) and the intro-
duction of short, polar, flexible linkers between the fluorescent
protein and the target protein (see Note 2).

3. Clone the fused fragments into a low or medium copy number
plasmid (see Note 3) that allows tight regulation of protein
expression, for example by Gibson assembly [2] or by restric-
tion and ligation [1]. If the correct functioning of the protein
of interest strictly depends on the correct expression level, one
could consider replacing the endogenous gene in the E. coli
genome by a fluorescently tagged version of the same gene, for
example by homologous recombination [3] or by CRISPR-
Cas9-based technology [4].

4. Verify the genes on the plasmid by sequencing.

5. Transform the plasmid that contains the fusion fragments into
E. coli cells of interest by electroporation or heat-shock. Then
plate the transformants on YT agar plates supplemented with
the appropriate antibiotics, for example ampicillin (100 μg/ml)
for pBAD24 or chloramphenicol (34 μg/ml) for pBAD33.

3.2 Cell Culture

and Sample

Preparation

1. Pick one E. coli colony from the YT agar plate and inoculate the
cells in 2–5 ml of fresh YT medium containing the appropriate
antibiotics. Incubate in a shaker at 37 �C, long enough to reach
an OD600 (optical density at 600 nm) that exceeds 1.0. We
typically grow the pre-culture over-night.

2. Dilute the culture 100� in 5 ml fresh YT medium with appro-
priate antibiotics and incubate in a shaker at 37 �C.

3. Turn on the fluorescence microscope and set the objective lens
heater to the desired imaging temperature. We use a stage-top
incubator system (Tokai Hit, INU-ZILCS-F1) for equilibrat-
ing the apochromatic 100� 1.49 NA TIRF oil-immersion
objective to 23 �C. Leave the microscope at this setting for
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90–120 min in order for temperature equilibration to be com-
plete (see Note 4).

4. The cells are ready for imaging when the OD600 equals 0.3–0.4
(at 37 �C, with an initial OD600 of 0.02, this will take about
90 min) (see Note 5). Centrifuge the culture at 1789 � g for
2 min in a benchtop microcentrifuge in order to obtain the cell
pellet. In the meanwhile, start preparing the agarose gel pad
(Subheading 3.3).

5. Discard the supernatant and add 5 ml fresh minimal medium
M9 and resuspend the pellet gently (see Note 6).

6. Cells resuspended in 5 ml M9 medium can be directly used for
short-term time-lapse imaging. For long-term time-lapse
imaging, dilute the resuspended cells 10–100-fold in fresh
M9 medium (see Note 7).

3.3 Preparation

of Agarose Solution

1. Weigh approximately 75 mg agarose into a 5 ml tube.

2. Add appropriate volume (approximately 5 ml) of M9 minimal
medium without antibiotics to make a 1.5% agarose solution.

3. Heat the agarose solution for 45–60 s in a microwave oven to
dissolve the agarose. Shake the tube to ensure that the solution
is completely clear and homogenous. The gel pad can be
poured at this point (Subheading 3.4) or the agarose solution
can be kept at 50 �C for several hours for later use.

3.4 Preparation

of a Gel Pad on the

Microscope Slide

1. About 60 min before imaging, clean the microscope slides and
cover slip by blowing with compressed air. Then clean them
with a plasma-cleaner (see Note 8). Each sample requires two
slides and one cover slip.

2. Prepare two spacer slides by putting two layers of labeling tape
on each of two microscope slides (Fig. 1). The microscope
slides should have the same thickness as the ones used for
imaging (see Note 9).

3. Clean the lab table with 70% alcohol and prepare the sample
under a lit burner to avoid contamination of the slides. Alter-
natively, one could work in a laminar flow cabinet.

4. Place a clean microscope slide between the two spacer slides as
shown in Fig. 1.

5. Apply 400 μl of the warm agarose solution (step 3 in Subhead-
ing 3.3) to the center of the clean slide.

6. Rapidly top the agarose solution with a second clean slide as
shown in Fig. 1.

7. Allow the agarose solution to solidify at room temperature for
1 min. Then cut excess agarose around the top slide with a
clean razor blade.
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8. Carefully slide off the second glass slide from the top of the gel
pad, and remove excess agarose gel at the sides of the bottom
slide with a clean razor blade. Add 8 μl of cell culture suspended
in M9 medium (from Subheading 3.2) to the top of the gel pad.
Wait for ~20–30 s for the culture to be absorbed by the gel pad.
It is important not to wait too long, such that the gel pad dries
out, but long enough for cells to properly adhere to the gel pad.
The ideal waiting time may vary with (room) temperature and
humidity. Once the cell suspension is absorbed by the agarose
gel, place a clean cover slip on top of the pad (see Note 10).

9. Seal the sample chamber with molten VALAP wax around the
edges of the cover slip (see Note 11). The sample can now be
used for imaging on the microscope (see Note 12).

3.5 Time-Lapse

Imaging

1. Mount the sample on top of the microscope objective equili-
brated at the desired measuring temperature for at least 90 min
(see Note 4).

2. Let the sample be on top of the objective for ~15 min (this will
equilibrate the cells to the exact measuring temperature, see
Note 13). In practice, we use this time to find regions of
interest and modify imaging scripts and file names as necessary
for an experiment.

3. Find cells on the microscope using bright-field transillumina-
tion and position them in the center of the imaging region and
bring them into focus (see Note 14). Best results are obtained
when the bottom half of the cell is in focus (seeNote 15). More

Fig. 1 Sample preparation for microscopy (a) Spacer slide with double-layered marking tape. (b) two spacer
slides flanking a clean bottom slide with a 400 μl of agarose dissolved in M9 medium. (c) A clean top slide is
added to level off agarose, (d) Finished slide with a thin square-shaped agarose pad
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than one cell can be imaged in each image acquisition time
window. For time-lapse imaging over several generations,
ensure that imaged cells are initially separated from other cells
by at least a few hundred micrometer so that other colonies will
not enter the imaging region during growth.

4. Turn on the excitation laser with closed shutter, to avoid
bleaching prior to acquisition. A laser intensity of ~200 W/
cm2 is required for imaging single molecules that diffuse in the
membrane of a living bacterial cell (see Note 16).

5. Open the shutter and immediately record a continuous series of
images until all fluorescent molecules have bleached. We typi-
cally record 200–300 images per region of interest. A sensitive
camera is required to image single, diffusing fluorescent mole-
cules (see Note 17).

6. Repeat steps 3–5 until sufficient data have been recorded (see
Note 18).

7. Images are analyzed to find the positions of individual mole-
cules in each image and link the positions into trajectories, from
which diffusion coefficients can be extracted. We use custom-
written routines in MATLAB (MathWorks) described else-
where [5, 6].

4 Notes

1. Our microscope has green and red detection channels. Out of
the available green fluorescent proteins, we find that it is best to
use eGFP for cytoplasmic labeling of E. colimembrane proteins
due to its high photostability, high brightness, low blinking
rate and fast maturation. We find that it is best to use sfGFP for
periplasmic labeling of E. colimembrane proteins because of its
robust folding and fluorescing property in the more oxidizing
periplasmic environment [7]. Out of the red fluorescent pro-
teins that we tried, mCherry gave the best results.

2. In our recent work, we chose to label the cytoplasmic N-
terminal end of the following transmembrane proteins of E.
coli strain MC4100 by fusion to green fluorescent protein
(eGFP): YedZ, CybB, GlpT, CstA and WALP-KcsA [8]. For
the transmembrane protein MscL we chose the cytoplasmic C-
terminal end for eGFP fusion, because the N-terminus is
located in the periplasm where eGFP does not mature. In the
case of the transmembrane protein MscS, we chose the peri-
plasmic N-terminal end for fusing to super folder green fluo-
rescent protein (sfGFP) as the C-terminal end is involved
heptamerization. The N-terminal sfGFP was translocated co-
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translationally across the cytoplasmic membrane via a signal
sequence derived from the protein DsbA [8].

3. We typically use an arabinose inducible plasmid, pBAD24 or
pBAD33, because of their moderate copy number and tight
regulation of protein expression in bacterial cells [9].

4. When measuring diffusion of membrane proteins, it is
extremely important that the temperature of the microscope
is stable when starting the experiment. Diffusion depends
strongly on temperature, and also the composition of the bac-
terial membrane alters upon temperature changes. Even small
changes in temperature during data acquisition can lead to very
complex heterogeneous data.

5. We usually choose midlog phase cells for imaging because at
this phase E. coli cells are generally healthy and metabolically
homogeneous, and produce most of the intracellular proteins.
However, the experiment can be performed at other growth
phases if required for studying particular cellular processes.

6. We use M9 minimal medium for imaging due to its reduced
auto-fluorescent property which reduces background fluores-
cence signal during image acquisition. An even stronger reduc-
tion of auto-fluorescence can be obtained by growing the cells
in minimal medium (step 2) at the cost of slower growth.

7. Low cell densities are important for extended time-lapse imag-
ing. Due to exponential growth of cells, high initial cell con-
centrations will result in micro-colonies rapidly growing on top
of each other, and it can significantly deplete oxygen in the gel
pad after prolonged growth, reducing fluorescent-protein mat-
uration and affecting cell growth.

8. We clean the microscope slide and cover slip using plasma
cleaner to reduce background noise emerging from the glass
surface during image acquisition. Glass slides often contain
small fluorescent organic compounds that, when not removed,
can easily be mistaken for fluorescent proteins during data
acquisition. We use a Harrick Plasma cleaner by setting the
RF level high for 15 min. We use 76 � 26 mm microscope
slides from Menzel-Gl€aser with the thickness of about 1 mm,
and 22 � 22 mm cover slips from Menzel-Gl€aser with the
thickness of 0.16–0.19 mm.

9. The strips of tape act as spacers, they provide an easy means to
achieve agarose pads with homogeneous and reproducible
thickness. More layers of tape will lead to thicker pads. The
TimeMed tape that we use has a thickness of about 0.13 mm.

10. We use agarose-pads for immobilizing bacterial cells because
they provide a suitable environment for the cells to adhere
gently on their surface with less physical pressure. On agarose
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pads, nearly all cells are lying horizontally, which is not the case
in other immobilization methods that we tried.

11. We seal the microscope slides with VALAP to prevent the
sample from drying.

12. We perform sample preparation at room temperature. The
preparation, i.e., making the agarose pad, applying the cells
and sealing the sample chamber with VALAP takes approxi-
mately 15 min.

13. We incubate the sample on the microscope for 15–30 min to
allow the cells to adjust to the imaging temperature (23� 1 �C).
This is important because we initially grow cells at 37 �C in a
shaking flask, then prepare the sample at room temperature,
and later image them at 23 �C. Drastic temperature shift will
cause significant changes in cellular functions and membrane
lipid composition. Even small shifts in temperature during
acquisition, in the order of 0.1 �C lead to significant drift of
the diffusion coefficient. Therefore, allow sufficient time for
the cells to adapt to required measuring temperature. We
strictly follow the sample preparation and incubation timing
(i.e. from the point where the cells are resuspended in M9
medium to imaging) to get reliable and reproducible data.
The entire procedure is summarized in Fig. 2.

14. We typically use a motorized microscope stage controlled by a
joystick (Applied Scientific Instrumentation, MS-2000). We
then use the motorized focus system to bring the cells into
right focus.

15. For the high-magnification objectives that are required for
single-molecule tracking in bacteria, focal depth is approxi-
mately 500 nm, and E. coli cells are approximately 1 μm in
diameter. Focusing to the middle of the cell thus has the
disadvantage that the membranes on the top and bottom of
the cell will not be in focus.

16. To image eGFP or sfGFP, we use a 491 nm diode-pumped
solid-state laser (Cobolt Calypso 50™ 491 nm DPSS), in
combination with a dichroic mirror (Semrock, 488/561 nm
lasers Brightline® dual-edge laser-flat, Di01-R488/561-
25�36) and an emission filter (Semrock, 525/50 Brightline®

single-band band pass filter, FF03-525/50-25).

17. We use an EMCCD camera (Andor iXon3, type 897) for
acquiring fluorescence images continuously with an integration
time of 32 ms per image. We use a total magnification of 200�,
corresponding to 80 nm by 80 nm in the image plane per pixel.

18. We acquire images for approximately 40–60 min. Longer
imaging will lead to data collection from aging cells which are
generally smaller in size and less fluorescent, which might be
due to nutrient depletion or metabolic changes.
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Chapter 8

Single-Molecule Fluorescence Microscopy in Living
Caenorhabditis elegans

Jaap van Krugten and Erwin J.G. Peterman

Abstract

Transportation of organelles and biomolecules is vital for many cellular processes. Single-molecule (SM)
fluorescence microscopy can expose molecular aspects of the dynamics that remain unresolved in ensemble
experiments. For example, trajectories of individual, moving biomolecules can reveal velocity and changes
therein, including pauses. We use SM imaging to study the dynamics of motor proteins and their cargo in
the cilia of livingC. elegans. To this end, we employ standard fluorescent proteins, an epi-illuminated, wide-
field fluorescence microscope andmostly open-source software. This chapter describes the setup we use, the
preparation of samples, a protocol for single-molecule imaging in C. elegans and data analysis.

Key words Single-molecule imaging, Live-cell imaging, Wide-field fluorescence microscopy, Caenor-
habditis elegans

1 Introduction

In cells, it is of vital importance that biomolecules and organelles
are transported from one side to the other. For transport of small
particles over short distances, thermal-energy driven diffusion can
be sufficient, but for larger particles and transport over large dis-
tances, active, motor-driven transport is required [1–3]. In many
cases, single cargoes are transported by teams of motor proteins
that use the cytoskeleton as tracks [4]. To unravel the molecular
basis of intracellular transport, we use live-cell imaging of cargoes,
motor proteins, and other factors involved. Key aspects of interest
are how many motors of what type are involved in transport, how
motors of the same or other (often opposite) directionality cooper-
ate and how transport is regulated. We use a combination of
ensemble imaging—visualizing single cargo trains with a multitude
of components, including motors—and single-molecule (SM)
imaging—where we focus for example on an individual motor
protein. SM imaging can reveal interesting dynamics that are
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hidden or averaged out in bulk experiments and can thus provide a
better understanding of the transport mechanism.

As a model system for intracellular transport we use intraflagel-
lar transport (IFT) in the chemosensory cilia of the nematode
Caenorhabditis elegans. C. elegans is a widely used model organism,
because it is relatively easy and cheap to keep, has a short reproduc-
tion cycle, the genome is known, as well as the lineage of all cells
and the connectome of the nervous system. Furthermore, C. ele-
gans is small (~1 mm long), thin (~100 μm) and transparent, which
makes it ideal for fluorescence microscopy. A subset of the neurons
in C. elegans is specialized in sensing the chemical composition of
its surroundings, essential for the animal’s survival [5]. From the
ends of the dendrites of these neurons sensory cilia protrude. The
tips of these cilia are in contact with the environment outside of the
animal and can sense chemicals, resulting in signal transduction.
The chemosensory cilia are ~8 μm long, ~100–300 nm diameter,
membrane-enveloped structures protruding from the dendrite.
Their core consists of a highly structured bundle of microtubules,
an axoneme. For their development and maintenance, cilia depend
upon a specific intracellular-transport pathway, IFT. IFT, driven by
kinesin-2 and IFT-dynein motor proteins transports cargo, includ-
ing receptors and ciliary components from base to tip and back
again, in a continuous fashion.

In this chapter, we provide a comprehensive description of the
methods we employ to image SM dynamics in a living, multicellular
organism, with IFT in living C. elegans as an example. First, we
explain the key features of our custom-built epi-illuminated wide-
field fluorescence microscope. Next, we describe sample preparation,
including anesthetizing the nematodes and placing them on agarose
pads. Subsequently, we describe the actual imaging and, finally, the
analysis of the obtained images. In this chapter we will not address
the standard methods to maintain and transform C. elegans, since
these have been described elsewhere in great detail [6].

2 Materials

2.1 Anaesthetizing

and Mounting C.

elegans

1. Multipurpose agarose.

2. M9 buffer: 5 g NaCl, 6 g Na2HPO4, 3 g KH2PO4, 1 mL 1 M
MgSO4, H2O to 1 L. Sterilize by autoclaving.

3. Microscope slides: 76 � 26 mm.

4. Labeling tape.

5. Anesthetic: 5 mM Levamisole (tetramisole hydrochloride) in
M9 (see Note 1).

6. Cover glass: 22 � 22 mm (we use Marienfeld, High Precision
No. 1.5H, 0107052).
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7. VaLaP: equal parts vaseline, lanolin, and paraffin wax.

8. C. elegans: transgenic young adults with no more than about
eight eggs (see Note 2), expressing fluorescently labeled pro-
teins of interest (see Note 3), maintained at 20 �C.

2.2 Microscope

Setup

1. The system is built on the basis of a commercial, inverted
microscope body (Nikon, Eclipse Ti), equipped with an eye-
piece and bright-field imaging capabilities for searching
nematodes.

2. As objective lens, a Nikon, CFI Apo TIRF 100�, N.A.: 1.49
oil-immersion objective is used.

3. Excitation light is provided by two diode-pumped solid-state
lasers (Cobolt Jive 50 mW 561 nm and Cobolt Calypso 50 mW
491 nm).

4. Circularly polarized excitation light is obtained using an achro-
matic quarter-wave plate (Thorlabs, AQWP05M-600). Homo-
geneous and speckle-free illumination is obtained using a
rotating diffuser (SUSS MicroOptics, rotating ground-glass
diffuser (tilted version), 1� � 0.25� full width at half-maximum
at 650 nm, AR-coating 400–750 nm R < 0.5%, double sided).

5. Excitation and emission light are separated using a dichroic
mirror (488/561 nm laser Brightline dual-edge laserflat, Sem-
rock, Di01-R488/561-25�36). A dichroic longpass filter
(Chroma, T565lpxr) is then used to filter and separate emission
light inside a two-way image splitter (Cairn Research, Optosplit
II). For single-color imaging, one of the light paths is blocked.

6. Fluorescence images are detected using an EMCCD camera
(Andor, iXon 897, DU-897E-COO-#BV) at 152 ms per
frame, at 5.3 pre amplifier gain and 300 EM gain with
10 MHz ADC readout.

7. The microscope is operated by Micro-Manager software (ver-
sion 1.4, https://www.micro-manager.org).

3 Methods

3.1 Preparing

Agarose Pads

1. Create microscope slides that each have two pieces of tape on
top of each other of about 5 cm in length (seeNote 4), in order
to obtain a reproducible agarose-pad thickness.

2. Place a not-taped slide between two slides with tape. Repeat for
as many slides as required.

3. Make sure you have at least ten clean microscope slides, with
slides with tape on them next to it, available and place a pipet
set to 600 μL next to the slides.
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4. Dissolve 0.4 g of multipurpose agarose (2%) in 20 mL M9
buffer and microwave until completely dissolved (see Note 5).

5. Pipet 600 μL of agarose in M9 on the middle of the first
microscope slide that is positioned between two slides with
tape (see Note 6).

6. Gently place a new (not-taped) microscope slide on top of the
agarose, such that it spans from one slide with tape to the other
(see Note 7) (Fig. 1). Repeat steps 5 and 6 till all prepared
slides are done, before moving to the next step.

7. Carefully remove the solidified agarose that spilled out between
the two microscope slides with a scalpel (see Note 8). Repeat
for all slides.

8. Pick up the two slides with agarose between them. Gently slide
the top one from the bottom slide. The agarose should now be
on the bottom slide.

9. Using the now detached top slide, remove the agarose that is
hanging over the edges of the slide with the agarose pad. The
flat part of the detached top slide can be pressed against the side
with the agarose sticking out. This should result in a square
agarose pad in the middle of the bottom slide.

10. Microscope slides with agarose pads can be stored in a vertical
slide holder in an airtight container with a moisturized kim-
wipe at the bottom for at least 2 weeks.

3.2 Mounting C.

elegans

1. Place a coverslip on a clean microscope slide and pipet 5 μL
5 mM Levamisole (at room temperature) on the center of the
coverslip.

Fig. 1 Schematic of the preparation of a microscope slide with an agarose pad
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2. Using a dissection stereo microscope, pick 6–8 young adult C.
elegans and place them in the drop of Levamisole (see Note 9).

3. Once the worms have been in the Levamisole for 10 min,
gently lower a prepared microscope slide with agarose pad,
with the agarose pad down, on the coverslip (see Note 10).

4. Seal the agarose, now between microscope slide and coverslip,
by connecting the two with VaLaP along the edges of the
coverslip (see Note 11).

5. Label your microscope slide and wait for approximately half an
hour for the worms to stop moving before imaging.

3.3 Imaging 1. Once the worms are mounted on the fluorescence microscope,
check, using the ocular and bright-field imaging, whether the
worms are not moving (seeNote 12). Try to focus and position
the region of interest of the worms into the approximate field
of view of the camera.

2. Switch from bright-field to fluorescence imaging.

3. Bring the structure of interest carefully into focus and start
recording (see Note 13).

4. Photobleach the sample up to a point when single fluorescence
spots can be clearly distinguished (see Note 14).

5. Try to maintain focus once in the SM regime, and image until
all fluorescent proteins (FPs) are bleached (see Note 15)
(Fig. 2).

3.4 Data Analysis Data analysis can be performed in many ways, depending on the
behavior of the protein of interest and the question to be answered.
Here, we will describe how we perform data analysis on SM data of
IFT components in the phasmid cilia of C. elegans.

Fig. 2 Confocal picture of TBB-4::EGFP in C. elegans phasmid cilia (a). Scale bar 1 μm. SM kymograph of
dynein motors transported towards the tip of the cilium (at the top) and driving IFT back towards the base
(bottom) (b), recorded with our epi-illuminated wide-field microscope using XBX-1::EGFP. Scale bar 1 μm. SM
trajectory output from our particle tracing software (c)
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1. To prevent long software processing duration, it is advisable to
visually check the image stacks and make separate folders with
the frames (150–250) of high-quality parts of the stack (see
Note 16).

2. If the signal-to-noise ratio is high enough, SM kymographs can
be generated, which makes browsing the SM data substantially
more efficient. Kymographs are generated using the ImageJ
macro KymographClear [7]. The output comprises of a raw
kymograph, a color-coded kymograph that is Fourier filtered
for forward and backward direction, and static motion, and
separate kymographs of forward and backward direction, and
static motion (see Note 17).

3. For the analysis of (average) velocity and intensity over time
and position of the tracks on the kymographs, we use the stand
alone program KymographDirect. The program also allows
one to export the data to Microsoft Excel or other software.

4. Finally, for the detailed analysis of the dynamics of IFT compo-
nents, we employ tracking software custom-written in
MATLAB, based on an existing linking-algorithm [8]. This
software provides detailed data on the position as a function
of time of single molecules on a local coordinate system that is
established in the first steps of the script. Apart from the
velocity, it can distinguish motion parallel to the cilium from
perpendicular to the cilium, which can for example yield infor-
mation about turn duration and location of molecules along
the cilium. It can also determine whether a molecule appears to
move freely or seems to be bound to a structure. The data is
stored in output tables of MATLAB, it is straightforward to
write small scripts to determine, in an automated way, for
example whether pauses or directional turns occur in the tra-
jectory and how long they take.

4 Notes

1. Choosing the right anesthetic is vital for the success of your
experiment. Sodium azide is historically also used as an anes-
thetic, but inhibits the synthase of adenosine triphosphate
(ATP) and cytochrome c oxidase, both essential for many
cellular processes [9–11]. Levamisole immobilizes the worms
by opening a subgroup of AChR channels that results in muscle
contraction [12].

2. The endogenously labeled strains we use were generated by
MoSCI insertions [13], however, the recently developed
CRISPR/Cas9 system [14] provides a quicker and more
straightforward way to label proteins endogenously. For
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imaging single molecules, it is beneficial to select proteins with
a location that is restricted to specific locations/structures in
the worm, in order to limit out-of-focus background fluores-
cence and autofluorescence. For this reason, we mostly image
the chemosensory cilia in the phasmid channels in the tail of the
nematode. Back-ground and autofluorescence are substantially
higher in for the amphid cilia around the head of the animal.

3. The specifications vary widely among the rich color palette of
FPs. For the detection of single molecules, FPs with a high
quantum yield and brightness are advisable. We mostly use
EGFP or paGFP in our studies.

4. The brand one uses does not make a big difference, as long as
the microscope slides with tape are ~0.27 mm thicker than the
ones without tape. Molds can be reused.

5. In our experience, this works best with a 50 mL centrifuge tube
that can stand upright. Place the tube in the microwave, place
the lid on top, but do not fasten tightly. When the tube is fully
closed, too much pressure will build up, when left open, too
much M9 will evaporate. The agarose settles quickly, so fre-
quent shaking is advised in order to prevent burning the aga-
rose in the bottom of the tube. At our lowest (350 W)
microwave setting, the M9 quickly boils over once it is warm.
At this point, the agarose is not fully dissolved yet. Dissolving
the agarose works best by heating in the microwave oven while
watching the tube, quickly turning it off once it starts to boil
over, shake the tube, and repeat till dissolved.

6. Once the agarose in M9 is dissolved and taken out of the
microwave, it will solidify quickly. Steps 5 and 6 are therefore
best performed quickly. Prevent the formation of air bubbles in
the agarose on the slide. After performing this step a couple of
times, you will notice that the dissolved agarose will solidify in
the tip of the pipet: just change the tip.

7. Place the top microscope slide on one of the taped microscope
slides first, without it touching the agarose. Gently lower it over
the agarose, wait till one can see condensation on the top
microscope slide, and then press it down on both microscope
slides with tape. This should not be done with too much force,
since it will make the agarose pads too thin.

8. Try to prevent moving the bottom and top slide too much by
pressing them down while one removes the excessive agarose.

9. Pick healthy looking young adults, and avoid transferring any
bacteria to the drop of Levamisole. It is hence best to pick
worms from outside the bacteria lawn. Bacteria and more
than eight worms will cause too much background fluores-
cence and will therefore harm your ability to image single
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molecules. As there are few worms on your coverslip, they will
be hard to find. Aligning them in a circle in the drop of
Levamisole will help one finding the rest on the fluorescence
microscope once you spotted the first. Marking the circle of
worms with a marker on the microscope slide under a dissec-
tion microscope can also help finding the worms once mounted
on the fluorescence microscope.

10. In our hands, this works best while holding the microscope
slide with the agarose pad at a 90� angle with respect to the one
with the coverslip with worms on it. Make sure to center the
coverslip in the agarose pad.

11. Melt the VaLaP by heating to approximately 75 �C before one
starts sedating the worms. Use a cotton swab to apply the
VaLaP on the corners of the coverslip to prevent it from
moving, before connecting the corners with VaLaP to seal the
agarose between the coverslip and microscope slide. Attempt
to apply as little VaLaP as possible on the coverslip, as VaLaP
can dissolve in immersion oil, harming image quality.

12. In practice, we mount the worms immediately after sealing the
coverslip and search for the worms on our fluorescence micro-
scope, and save their position using Micro-Manager. We then
wait for the worms to completely stop moving, and start
imaging.

13. The brighter the signal is, the easier it is to focus accurately.
After bleaching many FPs, it will become harder to focus on
the few that are still visible. Especially in the SM regime, there
is a delicate trade-off between bringing the FPs better into
focus and the risk of losing them while refocusing. Recording
images and focusing, before the SM regime is reached, helps to
obtain data good enough for data analysis.

14. Bleaching with high laser power will get one quickly in the SM
regime. However, in our experience, it works best while
bleaching with a low laser power. This results in a prolonged
period in which single molecules are visible. We bleach the FPs
with a low laser power until almost in SM regime, only then set
the laser to maximum power and focus one last time. Do this
quickly in order to avoid further photobleaching of the few
molecules not bleached. We search and bring our FPs into
focus with about 8% of the laser power (0.7 mW) and use
maximum laser power to get the highest possible signal out
of our FPs.

15. Analyzing your data will give insight in when it is time stop
recording and to move on to the next sample. Spatially distin-
guishable individual FPs and invariant intensity between them
is a good indicative for single molecules. Comparing the
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intensity of single, purified FPs on glass with the intensity of
the same type in vivo, and looking at the bleaching steps of the
FPs in vivo can also help determining whether one is observing
single molecules.

16. Enhancing the contrast using the likewise named feature from
ImageJ will improve the visual recognition of the trajectory of
your protein of interest. Although it will take time, to get an
idea of how a kymograph will look like in relation to the movie,
it can be insightful to make a kymograph of the entire
recording.

17. A more detailed description of KymographClear and Kymo-
graphDirect can be found in reference [15]. The software itself
and a manual can be found in ref. 7.
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Chapter 9

Purification and Application of a Small Actin Probe
for Single-Molecule Localization Microscopy

Roderick P. Tas, Trusanne G.A.A. Bos, and Lukas C. Kapitein

Abstract

The cytoskeleton is involved in many cellular processes. Over the last decade, super-resolution microscopy
has become widely available to image cytoskeletal structures, such as microtubules and actin, with great
detail. For example, Single-Molecule Localization Microscopy (SMLM) achieves resolutions of 5–50 nm
through repetitive sparse labeling of samples, followed by Point-Spread-Function analysis of individual
fluorophores. Whereas initially this approach depended on the controlled photoswitching of fluorophores
targeted to the structure of interest, alternative techniques now depend on the transient binding of
fluorescently labeled probes, such as the small polypeptide lifeAct that can transiently interact with poly-
merized actin. These techniques allow for simple multicolor imaging and are no longer limited by a
fluorophore’s blinking properties. Here we describe a detailed step-by-step protocol to purify, label, and
utilize the lifeAct fragment for SMLM. This purification and labeling strategy can potentially be extended to
a variety of protein fragments compatible with SMLM.

Key words Actin, Sample fixation, Fluorophores, Super-resolution microscopy, Exchangeable probe

1 Introduction

Cellular morphology, migration, division, polarization, and differ-
entiation are all processes that require very specific cytoskeleton
organization and dynamics. The exact organization of microtu-
bules and actin directly influences the available roads for active
transport by kinesins/dyneins and myosins, respectively [1–3].
A specific actin organization is important during cell migration,
neuronal growth cone extension, brush border formation, and
many other processes [4, 5]. Different actin structures underlie
different functions. For example, while dense structures of actin
in the axon initial segment of neurons can mediate myosin-
mediated anchoring of cargoes, cortical actin structures can drive
directional motility in epithelial cells [6, 7]. Therefore, understand-
ing the nanoscale organization of the actin and microtubule
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cytoskeleton is important to understand the mechanisms and func-
tions of these specialized structures.

Conventional fluorescence microscopy is widely available and
continues to be a powerful tool to provide new insights in cytoskel-
eton organization and dynamics. Better objectives, faster cameras as
well as genetic tools, and immunocytochemistry can be used to
label and image individual proteins with high specificity and tem-
poral resolution. However, conventional fluorescent microscopy is
limited by the diffraction of light, which causes fluorophores to be
imaged as a spatially extended structure of 200–300 nm. This
detected pattern of a single fluorophore on the camera is called
the Point Spread Function (PSF) which is shaped like an airy disk.
When two fluorophores emit light at the same time while they are
very close, the airy disks overlap and cannot be separated. This
phenomenon limits the distance at which you can separate two
fluorophores or structures to approximately half the wavelength
of the detected light.

During the last decade several fluorescence-based microscopy
techniques have been developed that are not limited by diffraction
[8, 9]. Single-molecule localization microscopy (SMLM) is a super-
resolution technique based on the sequential detection of individ-
ual fluorophores and subsequent midpoint determination with
nanometer precision. All detected fluorophores that label the struc-
ture of interest can result in a single reconstructed image where all
fluorophore locations are plotted with high precision [10].
Techniques that are based on SMLM are PALM (Photoactivated
Localization Microscopy—[11]), STORM (Stochastic Optical
Reconstruction Microscopy—[10]), dSTORM (direct STORM—
[12]), GSDIM (Ground-State-Depletion and Single-Molecule
return—[13]), and PAINT (Point Accumulation for Imaging in
Nanoscale Topography—[14]). In fixed samples (d)STORM pro-
vides the highest resolution and is therefore commonly used to
study the exact architecture of the cytoskeleton beyond the diffrac-
tion limit. One important breakthrough was the discovery of the
periodic actin and spectrin rings in the axon [15]. A major limita-
tion of dSTORM is the limited number of fluorophores compatible
with robust multicolor imaging. Another limitation of dSTORM is
the use of high laser intensities to bring the majority of the fluor-
ophores in a dark-state so that individual molecules can be
detected. This results in overall bleaching of fluorophores and
reduces the amount of detections over time. Additionally, achieving
such high laser intensities often requires illumination of only a small
area of the sample.

PAINT-like methods overcome these limitations. They rely on
the transient binding of fluorophores targeted to the structure of
interest. Weakly interacting probes coupled to a fluorophore will
bind stochastically, serve as point emitter for a limited time and
diffuse back into solution (Fig. 1a) [16]. The imaging solution can
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then be washed and a second structure can be imaged using a
similar or different fluorophore targeted to a different structure.
The overall advantage of this technique lies within the transient
binding. Unlike dSTORM, there is no need for high laser intensi-
ties to bring the majority of fluorophores to a dark state. In addi-
tion, the probes on the target are continuously replaced by fresh
probes from solution resulting in a continuing imaging cycle not
limited by bleaching. Furthermore, PAINT-like SMLM can be
performed using a wide variety of fluorophores for multicolor
imaging.

A limiting factor for PAINT-type approaches is the need for
proper transiently interacting probes. Recently, a generic approach
for PAINT, DNA-PAINT, was introduced in which structures
labeled with an antibody conjugated to single-stranded DNA can
be imaged very specifically with complementary DNA coupled to a
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fluorophore [14]. Alternatively, protein–protein interactions can be
used to target fluorophores to the desired structure. It has been
shown that using small protein fragments/peptides coupled to a
fluorophore, SMLM by transient binding could be performed on
actin and other cytoskeleton structures. The major advantage of
these interactions is that they are highly specific and can rely on very
small probes. Recent work showed that using these transient pro-
tein–protein interactions, the actin cytoskeleton can be visualized in
high detail by lifeAct coupled to an Atto-dye [17]. LifeAct is a small
17-amino acid fragment of the yeast Abp140 protein that was
found to label actin [18]. Whereas this work used a commercially
obtained synthesized lifeAct probe, we recently developed an
approach to purify the lifeAct peptide, either fused to fluorescent
proteins or conjugated with organic dyes after purification.

Here we describe a step-by-step protocol to purify the lifeAct
domain for super-resolution microscopy. This method allows for
SMLM using either a fused fluorescent protein or using any organic
fluorophore coupled by thiol–maleimide chemistry. For this a con-
struct that consists of “lifeAct-Cysteine-PreScission Cleavage Site-
GFP-6� His” was created, as shown in Fig. 1. To perform SMLM
using the fluorescent protein module (GFP) a rapid his-tag purifi-
cation can be performed. To functionalize the small peptide with
any organic dye, thiol–maleimide chemistry on the introduced
cysteine and subsequent proteolytic cleavage by PreScission prote-
ase can be performed (Fig. 1b). The generation of this versatile
probe can be extended to other protein fragments to label other
structures of interest.

2 Materials

All imaging experiments are performed at room temperature unless
indicated otherwise. Solutions are dissolved in ultrapure water
(~18 MΩ cm at 25 �C). During purification, buffers and samples
are kept on ice to avoid protein degradation.

2.1 Purification

and Labeling

1. E. coli BL21DE3 transformed with an IPTG inducible
expression vector for lifeAct-cys-PreScission Site-GFP-6�His
(see Note 1).

2. Resuspension/lysis Buffer: 20 mMHNa2PO4, 300 mM NaCl,
0.5% glycerol, 7% glucose, EDTA-free protease inhibitor
(Roche Diagnostics GmbH), 1 mM dithiothreitol (DTT), pH
7.4. To a beaker containing a magnetic stir bar, add 100 ml
water, 0.71 g of HNa2PO4, 3.5 g of NaCl, 14 g of Glucose, and
1 ml 100% Glycerol. Adjust pH to 7.4 and add water to a final
volume of 200 ml and readjust pH if necessary. Before purifi-
cation add 1 tablet of EDTA-free protease inhibitor (Roche
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Diagnostics GmbH) and 50 μl 1 M DTT per 50 ml of buffer
and incubate on ice.

3. Wash Buffer: 10 mMHNa2PO4, 300 mMNaCl, 30 mM imid-
azole, 1 mM DTT, pH 7.4. Prepare as previous step.

4. Labeling Buffer: 10 mM TCEP in PBS.

5. Cleavage buffer: 50 mM Tris-HCl, 150 mM NaCl, 1 mM
EDTA, 1 mM DTT, pH 7.0.

6. Elution Buffer: 10 mM HNa2PO4, 300 mM NaCl, 300 mM
imidazole, 1 mMDTT, pH 7.4. Prepare as in the previous step.

7. Ni-NTA Agarose beads.

8. 10 mM (tris(2-carboxyethyl)phosphine (TCEP)) in PBS.

9. AlexaFluor®-Maleimide in anhydrous dimethyl sulfoxide
(DMSO). Dissolve AlexaFluor®-Maleimide in fresh DMSO to
~100 μM or as indicated by the company.

10. Glutathione-sepharose 4B beads in 20% ethanol (GE Health-
care Life Sciences).

11. PreScission protease in cleavage buffer þ 20% glycerol (GE
Healthcare Life Sciences).

12. LB Broth.

13. 1 M Isopropyl β-D-1-thiogalactopyranoside (IPTG) in water.

14. Shaking incubator.

15. Probe-type Sonicator for cell disruption equipped with a tip
suited for 50 ml tubes.

16. Cooled Centrifuge (18,000 � g).

2.2 Fixation Cultured cells grown on any surface that is compatible with TIRF
imaging: e.g. epithelial cells or neurons plated on glass coverslips
(see Note 2).

1. Cytoskeleton Buffer: 10 mM MES, 150 mM NaCl, 5 mM
MgCl2, 5 mM EGTA, 5 mM Glucose, pH 6.1 [15].

2. 16% w/v Paraformaldehyde (PFA) dissolved in water.

3. 1� d-PBS.

4. Fixation Buffer: Cytoskeleton buffer supplemented with 0.5%
Triton-X and 3.7% w/v PFA.

5. Blocking solution: 3% w/v BSA in d-PBS.

6. Optional: antibodies for detection of additional structures.

2.3 Sample

Preparation

1. Tweezers.

2. Mounting chamber.

3. d-PBS.

4. Purified lifeAct coupled to a fluorophore.
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2.4 Microscope

Setup

1. Standard inverted fluorescence microscopy equipped with a
high NA objective and a total internal reflection fluorescence
(TIRF) module.

2. Fluorescent filters for imaging GFP or the conjugated
fluorophore.

3. Excitation lasers with the appropriate wavelength.

4. EMCCD camera or CMOS camera, sensitive enough to image
single molecules.

5. SMLM software for super-resolution reconstruction: e.g. DoM
Utrecht (Detection of Molecules, https://github.com/
ekatrukha/DoM_Utrecht [19]), QuickPalm, (http://imagej.
net/QuickPALM [20]), Thunderstorm (http://zitmen.
github.io/thunderstorm/, [21]), RapidSTORM (http://
www.super-resolution.biozentrum.uni-wuerzburg.de/
research_topics/rapidstorm/, [22]), NIS Elements (Nikon
instruments).

6. Microscope control via PC and dedicated software, for example
Micromanager (https://micro-manager.org/, [23]).

3 Methods

3.1 Expression

and Passivation

on Ni-NTA Beads

The correct expression and purification protocols vary between the
two different options, i.e. with or without GFP. Because lifeAct
coupled to GFP is highly soluble, standard purification protocols
and buffers are used. For the lifeAct without GFP, the full recom-
binant protein is bound to the Ni-NTA beads and the cysteine
containing lifeAct fragment is cleaved off by PreScission protease
after on-bead labeling. Subsequently free PreScission is captured by
glutathione beads. Full recombinant protein coupled to GFP or the
short lifeAct fragment coupled to an Alexa dye by the maleimide–-
cysteine reaction can be obtained at high yields. However, it should
be noted that the free cysteine, which was introduced in the con-
struct, is prone to form disulfide bonds with other free cysteines in
the samples, resulting in precipitation. To overcome this problem,
reducing reagents like DTT or TCEP are required at all steps. A
detailed step-by-step description of purification follows below.

1. Grow 0.8 l E. coli BL21DE3 containing the lifeAct expression
plasmid to OD0.6 at 37 �C from an overnight 4 ml culture in
LB. Induce protein expression by addition of 800 μL 1 M
IPTG to achieve a final concentration of 1 mM. Incubate for
3.5 h at 37 �C or 16 h overnight at 17 �C.

2. After induction, transfer the bacteria into a centrifuge compat-
ible bucket and spin at 4000 � g for 30 min at 4 �C. Decant
supernatant carefully and incubate pellet on ice. Resuspend
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bacterial pellet in resuspension buffer supplemented with pro-
tease inhibitors (5 ml/gram bacterial pellet) and transfer to a
50 ml tube.

3. To lyse the bacteria, sonicate the bacterial suspension 5� 1min
with 5 min intervals on ice. Intermediate to high sonication
powers can be used.

4. Following sonication, the soluble fraction of the bacterial sus-
pension can be separated from the insoluble sample fraction
through centrifugation at 18,000 � g at 4 �C for 40 min (see
Note 3).

5. During centrifugation wash 1.0 ml of Ni-NTA resin (0.5 ml
Beads) in resuspension buffer. Beads can be centrifuged at
1000 � g for 3 min with slow deceleration. Supernatant can
then be removed by a vacuum pump or pipet and replaced by
resuspension buffer. Repeat the bead wash three times in resus-
pension buffer with 10� the bead resin volume (10 ml).

6. To separate the soluble fraction from the insoluble fraction
after centrifugation, transfer the supernatant into a 50 ml
tube to separate it from pellet. Typically, the supernatant of
bacteria is a yellowish solution. However, because lifeAct is
tagged with a GFP, the supernatant can appear more greenish.
The pellet should be brown/yellowish, but can also be greenish
because it can contain some aggregated protein or non-lysed
expressing cells.

7. Add the washed Ni-NTA beads to the soluble supernatant and
incubate at 4 �Cwhile gently rolling for 2 h. TheHis-Tag of the
recombinant lifeAct will bind to the beads.

8. After incubation spin the beads at 1000� g for 3 min with slow
deceleration as described before. The lifeAct-Cys-PreScission-
Site-GFP-6�His is now bound to the beads. Supernatant con-
taining all other soluble proteins that do not contain a His-Tag
can be discarded.

9. Wash the beads three times as described above in wash buffer to
reduce nonspecific interactions of proteins with the beads. The
lifeAct recombinant fragment has 6�His-Tag which binds
tightly to Ni-NTA. This specific interaction will not be dis-
rupted by the 30 mM imidazole in the wash buffer.

3.2 Purification with

GFP

1. To obtain the full lifeAct-Cys-PreScissionSite-GFP-6�His for
SMLM (seeNote 4), the recombinant protein can be eluted by
aspiration of the last wash step as described in Subheading 3.1.
Addition of 3.5 ml Elution Buffer results in the elution of the
recombinant His-tagged protein from the beads after 10 min
incubation. Beads can be spun down and the supernatant con-
taining lifeAct-GFP can be collected.
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2. The eluted fraction can be used directly for SMLM as described
in Subheading 3.5. For long-term storage, exchange the buffer
to PBSþ 1 mMDTTusing a buffer exchange column, and add
10% glycerol. Snap-freezing followed by �80 �C storage is
recommended. The purity of the final sample can be deter-
mined by SDS-page. Typically, this approach yields highly
pure samples.

3.3 Labeling

and Purification

with Organic Dyes

The second mode in which this recombinant lifeAct fragment can
be used is by labeling of the introduced cysteine through a malei-
mide–thiol interaction. The lifeAct-Cys, coupled to the thiol, can
subsequently be cleaved off the GFP-6�His and further purified.
The overall advantage is that almost all organic dyes and other
chemical modifications are available conjugated to a maleimide.
Therefore it can be used to label the lifeAct-Cys fragment with a
variety of stable fluorophores, resulting in a high photon yield.
Below we describe how the cysteine can be labeled with an
Alexa647 through maleimide coupling on the beads, followed by
cleavage at the PreScission site.

1. After the third wash in wash buffer (Subheading 3.1) wash the
beads three additional times with labeling buffer. Because DTT
contains two thiol groups, it is not compatible with maleimide
coupling. Replacement with of DTT with TCEP is therefore
essential for protein solubility and coupling efficiency.

2. For labeling, aspirate the final wash and transfer the beads into
a 2 ml Eppendorf. Add 1000 μl labeling buffer supplemented
with 80 μl of ~100 μM Alexa647-maleimide (~8 nmol
Alexa647) in DMSO and incubate for 4 h at room tempera-
ture. After incubation add an additional 60 μL ~100 μM
Alexa647-maleimide and incubate overnight at 4 �C. The
maleimide-dye is added in excess and should, if incubation
times are long enough, label almost all free cysteines in the
sample.

3. Remove excess dye after labeling through three 1 ml washes in
Cleavage Buffer. This buffer allows optimal cleavage at the
PreScission cleavage site, releasing lifeAct-Cysteine labeled
with Alexa647 while leaving GFP-6�His bound to the beads.

4. Cleave lifeAct-Cys-Alexa647 from the Ni-NTA beads by repla-
cing the final wash step with 70 μL PreScission protease in
500 μL Cleavage Buffer for 5 h at 4 �C (or overnight) while
gently rolling.

5. While cleaving, wash 250 μl glutathione beads with cleavage
buffer as described above.

6. Capture PreScission protease on the glutathione beads by addi-
tion of the prewashed beads to the sample. Now, both PreScis-
sion and the GFP-6�His are bound to the glutathione and Ni-
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NTA beads respectively while lifeAct-Cys-Alexa647 diffuses in
the supernatant.

7. The supernatant containing soluble lifeAct-Cys-A647 can be
collected. The final concentration of the lifeAct peptide can be
determined using the Bicinchoninic Acid (BCA) protein assay
[24]. The labeling efficiency can then be determined by mea-
suring the dye concentration by spectroscopy and application
of Beer-Lambert’s law. Typical concentrations of labeled lifeAct
range from 0.1 to 1 μM (see Note 5).

8. Finally, supplement the sample with a final concentration of
10% glycerol, snap-freeze in liquid nitrogen and store at
�80 �C.

3.4 Sample

Preparation

Because in super resolution all details and therefore also sample
errors are visualized, optimized sample preparation and dense label
coverage are essential for a successful final reconstruction. Fixations
and staining protocols that would result in a smooth diffraction
limited image might result in sparsely labeled structures in super
resolution. Sample preparation should therefore be optimized for
each individual structure or co-labeling of multiple structures. The
buffer conditions during fixation also play an important role to
preserve cytoskeletal structures. Whereas microtubule fixations are
preferentially performed in PEM80 buffer [25], cytoskeleton
buffer is the fixation buffer of choice for actin [15, 17]. Finally,
fixatives should be chosen carefully and such that labeling is not
perturbed and structures are maintained. Actin structures are pref-
erentially fixed by PFA or Glutaraldehyde [26]. Below a simple and
fast sample preparation is described with PFA in cytoskeletal buffer
to preserve the actin network.

1. Pre-warm fixation buffer to 37 �C. Remove the medium from
the cells coated on coverslips and gently add pre-warmed fixa-
tion buffer for 10 min. Triton-X ensures sufficient permeabili-
zation of the cells, resulting in release of cytoplasm which
allows the lifeAct probe to diffuse freely. Simultaneously, PFA
fixes cellular structures like actin.

2. After fixation aspirate the fixation buffer and wash the sample
with d-PBS for 5 min. Even though the samples are fixed, pipet
with care not to perturb the samples. Repeat the wash three
times.

3. After washing, block the sample with blocking solution for at
least 30 min at room temperature. Blocking reduces the num-
ber of unspecific protein–protein interactions reducing the
background signal in the final image.

4. To stain for structures additional to actin, the samples can be
further incubated with antibodies after blocking. Antibodies
compatible with PFA fixation can be diluted in blocking
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solution and incubated on the sample for at least 1 h at room
temperature. Subsequently, the primary antibody incubation
can be stopped by three additional 5-min washes with d-PBS.
Cells can then be incubated with a suitable secondary labeled
antibody in blocking solution to finish the staining for the
desired structure (see Note 6).

5. After blocking and optional staining, the samples are ready to
be mounted in d-PBSþDTT (seeNote 7). A suitable chamber
that is compatible with the microscope stage can be used. Open
chambers like Ludin chambers for 18 mm round coverslips
provide easy access to the imaging medium and allows for the
addition or dilution of the lifeAct probe during image
acquisition.

3.5 Imaging 1. Secure a sample on the microscope and select a position of
interest. Before image acquisition can be started, it is important
to select the correct parameters for an optimal super-resolution
image. Focusing before acquisition is important to image the
correct plane of interest. Because the low concentration of
lifeAct used for imaging does not provide a full overview of
the cellular outline a co-transfection or staining of an additional
marker is favorable. Alternatively, an excess of lifeAct conju-
gated to a fluorophore can be added to the sample which results
in a faint outline of the cellular actin structures. If the latter is
applied, the concentration should be strongly reduced through
dilution and bleaching before SMLM acquisition to be able to
visualize single molecules (see Note 8).

2. For an optimal super-resolution acquisition carefully take the
following parameters into account. Optimizing each condition
carefully every time can increase the signal-to-noise ratio per
imaging session:

(a) Exposure time. For super resolution based on probe
exchange, the on- and off-rates should guide the exposure
time. Low off rates allow for high exposure times and
collection of more photons. However, a single molecule
binding event should not be obscured by another mole-
cule binding in the vicinity rendering the software unable
to detect them both as separate localizations. The latter
has a higher chance at higher on rates. Therefore, a bal-
anced exposure time is necessary. For lifeAct the reported
half-life on the actin filaments is 23 ms [17] and it is
preferentially imaged with 50–100 ms exposure time.

(b) Laser Power. Laser power and exposure time are co-
dependent on each other and on fluorophore stability.
Fluorescent proteins like GFP are easily bleached com-
pared to organic dyes. It is important that a maximum
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amount of photons is collected from one single molecule
during the selected exposure time. Therefore, laser power
can be varied between probes with higher laser powers for
more stable probes (see Note 7). Because the sample is
crowded with diffusing lifeAct-fluorophore molecules the
laser power should also be kept at moderate levels to
minimize background. Starting at low laser powers and
gradually increasing them usually results in the rapid rec-
ognition of the optimum laser power.

(c) Number of collected frames. The more frames can be col-
lected, the better. Reconstruction of a single-molecule
image preferentially relies only on the most accurate loca-
lizations, which can be filtered based on localization pre-
cision. Collecting more frames at optimal settings allows
more stringent filters on localization precision, but care
should be taken to minimize and correct sample drift.
Selecting only the most accurate detection already results
in a full overview of the image with high resolution.
Typically we record 30,000–40,000 frames.

(d) Fluorophore density. SMLM relies on the detection of indi-
vidual fluorophores conjugated to lifeAct that are binding
sequentially. Therefore, lifeAct should be diluted to a
concentration such that in every frame single molecules
can be observed. In 2D and 3D imaging the plane in focus
will be the plane where the point spread function of the
single molecules is symmetrical. For SMLM imaging,
labeled lifeAct is typically diluted to 1–5 nM in d-PBS
(see Note 9).

(e) Laser angle. Total Internal Reflection of the laser at the
coverslip–sample interface results in an evanescent wave of
typically a few hundred nanometers, which prevents exci-
tation of out-of-focus fluorophores. Reducing the inci-
dent laser angle results in a more oblique illumination
field which yields deeper sample penetration and fluoro-
phore excitation. The latter can be favorable because of
imaging depth, but also increases background fluores-
cence. The incident laser angle should thus be adjusted
dependent on required imaging depth and the back-
ground intensity that is acceptable.

3.6 Analysis The final super-resolution image is created by accumulation of all
single-molecule positions that were acquired during imaging.
Single-molecule positions can be accurately determined by fitting
the PSF to a Gaussian and determine the midpoint. The midpoint
can be localized with nanometer precision based on the width of
the Gaussian. Detection/fitting and subsequent reconstruction of
the super-resolved image is performed by dedicated software
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packages. There are several freely available packages (e.g. DoM
Utrecht [19], RapidSTORM [22], ThunderSTORM [21], Quick-
PALM [20]) or commercially available packages to reconstruct a
super-resolved image.

1. Detection and fitting of the imaged fluorophores is dependent
on the image parameters as well as on the recorded PSF. The
software usually requires input of the pixel size and several
threshold values like estimated PSF size to exclude abnormal
detections that cannot result from single molecules. The mid-
point of included localizations is then determined with nano-
meter precision by fitting or maximum likelihood estimation.

2. The detection and fitting process results in a table that contains
information about all the individual detected fluorophores.
Fluorophore parameters include: the x- and y-coordinate, the
image number in which it was acquired, PSF symmetry (in x
and y), PSF shape, PSF brightness etc.

3. Next, reconstruction of the super-resolution image can be
done based on this particle table. All the stored x- and y-
coordinate are used to plot the midpoint of these molecules.
The midpoint can be plotted as a small Gaussian of a constant
size or each midpoint can be plotted as a spot based on its
individual localization error. This localization error can be
calculated from the fitting parameters and used as a threshold.
Fluorophores with more precise localizations can then be plot-
ted as tight spots while less well localized fluorophores are
represented as more spread localizations. Several parameters
should be taken into account while reconstructing the final
image. The pixel size of the reconstructed image should be
selected in such a way that they are at least half the size of the
smallest details according to the Nyquist criterion. Further-
more, the localizations used in the final reconstruction can be
filtered on the localization precision. It should be noted that
filtering too much or selecting a very low pixel size will eventu-
ally result in very sparse localizations. Both these parameters
can be varied and optimized per image to obtain a successful
and informative super-resolution reconstruction.

4. Drift correction is a final important step in the analysis. Because
of the nanometer localization accuracy, any drift of the sample
with respect to the objective will be clearly visible in the final
reconstruction. Long imaging times combined with small ther-
mal fluctuations will result in noticeable drift in the final recon-
struction. The available software packages usually support drift
correction based on frame-to-frame cross-correlation of fiducial
markers or cross-correlation of intermediate super-resolution
reconstructions [27, 28]. The fiducial markers can be small
particles like beads that are fixed to the coverslip and do not
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move within the sample. When drift correction based on inter-
mediate super-resolution reconstructions is applied, a frame
interval should be chosen in such a way that the images can be
correctly correlated and drift can be detected (see Note 9).

5. An example of a successful super-resolution reconstruction of
actin, imaged with either GFP or Alexa647 coupled to lifeAct is
shown in Fig. 2.

4 Notes

1. The amino acid sequence of the lifeAct-cysteine-PreScission-
Site-GFP-6�His construct is
MGVADLIKKFESISKEEGSGSCEFLEVLFQGPVSKGEEL
FTGVVPILVELDGDVNGHKFSVSGEGEGDATYGKLTLK
FICTTGKLPVPWPTLVTTLTYGVQCFSRYPDHMKQHDF
FKSAMPEGYVQERTIFFKDDGNYKTRAEVKFEGDTLVRI
ELKGIDFKEDGNILGHKLEYNYNSHNVYIMADKQKNGI

Fig. 2 Representative super-resolution images obtained using the lifeAct probes. Diffraction-limited
overview (a), super-resolved image (b), and zooms of lifeAct-GFP used on a HeLa cell (top) or lifeAct-
AlexaFluor647 used on a COS7 cell (bottom). Scale bars in super-resolved images are 5 μm in a and b and
1 μm in the zooms
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KVNFKIRHNIEDGSVQLADHYQQNTPIGDGPVLLPDNH
YLSTQSKLSKDPNEKRDHMVLLEFVTAAGITLGMDELYK
LEHHHHHH

2. Identifying cells of interest. Because low concentrations of life-
Act do not provide a full overview of the cellular structures, a
fill or other cellular marker can be expressed to identify cells of
interest.

3. Optimizing protein yields.

(a) A greenish bacterial pellet usually indicates sufficient
expression.

(b) During each step samples for SDS page can be taken to
determine the presence of recombinant protein.

(c) Release of soluble protein after lysis can be increased by
the addition of small amounts of lysozyme to weaken the
bacterial cell wall.

(d) Overall low soluble protein levels can occur because the
recombinant lifeAct can enter into inclusions bodies at too
high concentrations. This can be prevented by reducing
induction time to only a few hours at 20 �C. In addition,
DTT concentration can be increased to prevent disulfide-
bond formation after lysis.

4. Alternative construct for fluorescent protein imaging only.
When lifeAct is only used conjugated to GFP or other fluores-
cent proteins, removal of the cysteine and PreScission site could
result in higher solubility and protein yields.

5. In case of low labeling efficiency of lifeAct-Cysteine:

(a) Measure the amount of labeled lifeAct by BCA assay and
the concentration of labeled lifeAct as described in Sub-
heading 3.4. When the protein concentration is much
higher than the concentration of the fluorophore, the
sample is most likely unsaturated due to an inefficient
maleimide–thiol reaction or because too little dye was
added during the reaction. In the latter case, repeat the
purification with an increased dye concentration. The
fluorophore to lifeAct-cysteine ratio should be 10–20.

(b) In case of poor reaction efficiency, also check the pH of the
buffers. Furthermore, make sure that DTT is washed from
the solution and that TCEP exceeds the protein concen-
tration approximately tenfold to reduce unwanted disul-
fide bond formation of the available cysteines.

6. Alternative protocol for multicolor super resolution:

(a) Alternative to the protocol described in Subheading 3.4
an extraction and fixation protocol more optimal for co-
staining with microtubules can be used. In Short: pre-
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extract in 0.25% glutaraldehyde þ 0.3% Triton-X in
PEM80 for 1 min (37 �C). Replace pre-extraction with
4% PFA in PEM80 (37 �C) for 7 min. Proceed with
washing as described in Subheading 3.4 and add an extra
permeabilization step of 0.25% Triton-X in d-PBS for
8 min followed by three more washes and blocking. Use
primary labeled antibodies or nanobodies against tubulin
to speed up the staining process [19].

(b) Secondary antibodies can be labeled with a variety of
functionalized probes. When super-resolution imaging
of actin by lifeAct needs to be combined with dSTORM
super-resolution imaging of the second structure,
Alexa647 is the best label to be used on the secondary
antibody. Alexa647 has rapid blinking properties in PBS
supplemented with glucose oxygen scavenger [25].
LifeAct-based protein-PAINT is compatible with this
buffer.

7. The rapid blinking properties make Alexa647 extremely suit-
able for dSTORM. However, when lifeAct-Cysteine is used for
PAINT-like super resolution through transient binding a more
stable fluorophore is required. Labeling lifeAct-Cysteine with
other organic dyes might result in a higher photon yield.
Alternatively, addition of methylviologen (MV) and ascorbic
acid (AA) in the imaging buffer will stabilize Alexa647 signifi-
cantly [29, 30]. Concentrations of MV and AA can be varied
between 50 μM and 1 mM to optimize photon yield and
binding properties.

8. Cell morphology and structures appear to be affected after
fixation. Handle samples carefully. Samples are very fragile
during extraction and fixation. Always pipet at the sides of the
dish and not directly on the sample because sheer stress can
perturb the cell integrity even when fixed. Take extra care while
handling samples that are sensitive to fixation techniques like
neurons and thick samples.

9. Super-resolution reconstruction is unclear:

(a) SMLM relies on the localizations of truly individual fluor-
ophores. Too little localizations will result in a dotty image
that can be enhanced by an increase of the pixel size. This
will increase the amount of localizations per pixels. How-
ever, labeling density can also be too high. When two
fluorophores emit light too close together the PSFs will
obscure each other and result in mislocalization and poor
localization errors. False and poorly localized detections
will result in a loss of details.

(b) Adjust drift interval and other parameters of drift correc-
tion. Incorrect drift correction can be clearly visible as a
jumped image but sometimes also more subtle as a blurry
reconstruction.
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Chapter 10

Fluorescence Microscopy of Nanochannel-Confined DNA

Fredrik Westerlund, Fredrik Persson, Joachim Fritzsche,
Jason P. Beech, and Jonas O. Tegenfeldt

Abstract

Stretching of DNA in nanoscale confinement allows for several important studies. The genetic contents of
the DNA can be visualized on the single DNA molecule level and both the polymer physics of confined
DNA and also DNA/protein and other DNA/DNA-binding molecule interactions can be explored. This
chapter describes the basic steps to fabricate the nanostructures, perform the experiments and analyze the
data.

Key words DNA, Nanochannels, Single molecule, Fluorescence

1 Introduction

Single DNA molecules stretch spontaneously in nanochannels due
to the confinement. The stretching is entirely passive and thus no
active application of force is required apart from the driving force to
move the DNA into the nanochannel. Therefore, in contrast to
flow stretching or stretching using optical tweezers, no chemically
attached anchor groups are needed. The first study of DNA in
nanochannels was presented in 2004 [1] and since then the field
has been growing vastly with applications in several different areas
of research.

There are a few important parameters to consider when dealing
with confined DNA:

1. Contour length—total length of the DNA backbone, here
denoted L.

2. Persistence length—length-scale over which the DNA can be
considered a rigid rod, here denoted P.

3. Effective width—a measure of the width of the DNA, com-
posed of the physical width of the DNA (~2 nm) and an
electrostatic contribution [2]. The effective width is here
denoted weff.

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
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When a long DNAmolecule is free in aqueous solution it forms
a coil, often characterized by its radius of gyration (RG). When
confined in a tube-like channel with an average cross-sectional
diameter Dav smaller than RG, the DNA stretches out along the
length of the channel. As long as the diameter of the channel is
larger than P, the DNA can backfold and adopt an elongated coiled
up conformation. In this regime, commonly denoted the deGennes
regime, the DNA can be modeled as a series of non-interacting
blobs, where the DNA inside each blob behaves as it would in free
solution. This leads to an extension, r, of the DNA along the
channel of [3]:

r

L
/ weffP

D2
av

 !1=3

Fabricated nanochannels are more commonly rectangular in
cross section. Here, D2

av, the parameter relating to the diameter of
the tube, can be replaced by the geometric average of the height,
D1, and the width,D2, of the rectangular channel,D

2
av ¼ D1D2 for

D1 ~D2 [4]. For situations whereD< P the DNAmolecule cannot
fold back on itself and its extension can be described by a model
developed by Odijk [5]. This is relevant for DNA in very small
channels, but also in studies of protein–DNA interactions where
the resulting protein–DNA complex has an increased persistence
length [6]. The extension, r, of the DNA along the channel is here
(B ~ 0.091 [7]):
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From an experimental point of view it is important to note that
in both models r scales linearly with L. This means that a position
along the stretched DNA can be directly related to a position along
the contour of the DNA, i.e. the sequence, with a resolution
primarily determined by the degree of stretching and the optics of
the microscope. While the simple expressions above give adequate
accuracy for designing a nanochannel device, recent improved
understanding makes it possible to predict the behavior of the
confined DNA with much better accuracy [8, 9]. Note however
that not only the geometry of the confinement but also the buffer
conditions have a strong influence on the behavior of the DNA. For
further insight regarding the polymer physics of confined DNA the
authors recommend refs. [10–12]. There is also a vast literature on
general polymer theory, notably the books by deGennes [13], Doi
and Edwards [14], and Rubinstein and Colby [15].
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The first experimental studies of DNA in nanochannels were
devoted to studies of DNA conformation and dynamics [1, 11, 16,
17], and to single-molecule studies of DNA–protein interactions
[18, 19]. Since these first experiments the field has expanded in
three main directions. Studies of the polymer physics of DNA have
provided novel, more accurate theories about how DNA behaves in
confinement [9, 20–22]. DNA–protein interactions have
continued to receive significant attention with a main focus on
proteins that change the physical properties of DNA [23]. Exam-
ples include RecA that forms a stiff filament on DNA [6], H-NS
that compacts DNA [24] and T4 ligase that forms transient DNA
links [25]. Optical DNA mapping is the third main direction of
studies of DNA in nanochannels that has increased vastly during the
last years [26, 27]. Optical DNAmapping has been commercialized
by BioNanoGenomics, and the goal of this technique is to visualize
the structure of the genetic sequence of large (several hundred
kilobasepairs) single DNA molecules. To do this, the DNA has to
be sequence-specifically labeled and this is done in two main differ-
ent ways. One way is to use enzymes to attach fluorophores at
specific sequences [28, 29], while the second relies solely on non-
covalent interactions between DNA and fluorophores as described
below [30, 31]. Finally, in analogy to standard gel electrophoresis,
the nanochannels can be used to merely measure the length of
DNA fragments. This may be used to size plasmids [32], and in
combination with restriction enzymes for restriction mapping [19].

2 Materials

2.1 Fabrication

of Chips

There are a multitude of ways to fabricate nanostructured chips
depending on the facilities and equipment available (see Note 1)
[33]. We present two fabrication schemes here, one based on fused
silica and one on silicon.

For fabrication in fused silica the following is needed:

1. Fused silica wafers. (Available from Hoya Corporation).

2. 110 μm thick fused silica coverslips for sealing of the chips. The
thickness is optimized for compatibility with oil immersion
objectives. (Available from Valley Design.)

3. Access to cleanroom equipment for photo (UV) and electron-
beam (e-beam) lithography and reactive ion etching (RIE) as
well as standard resists (e.g. AZ (photo lithography) and ZEP
(e-beam lithography) resists) and chemicals from any large
supplier.

For fabrication in silicon the following is needed:

1. Silicon wafers. (Available from SiMat).
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2. 170 μm-thick borosilicate coverslips for sealing of the chips.
The thickness is optimized for compatibility with oil immersion
objectives. (Available from Valley Design.)

3. Access to cleanroom equipment for photo (UV) and electron-
beam (e-beam) lithography and reactive ion etching (RIE) as
well as standard resists (e.g. AZ (photo lithography) and ZEP
(e-beam lithography) resists) and chemicals from any large
supplier.

2.2 Chemicals Two important additives are β-mercaptoethanol (BME) (see Note
2) for suppression of photobleaching and polyvinylpyrrolidone
(PVP) (see Note 3) for suppression of electroosmosis when using
electrophoresis. Note that genomic length DNA should be handled
with wide-orifice pipettes to avoid shear-induced breakage
(provided by e.g. Molecular Bioproducts).

2.3 Buffers

2.3.1 Buffer for DNA

Experiments

Tris-Borate-EDTA (TBE) is a standard buffer for DNA studies,
especially for electrophoresis due to its low conductivity that
ensures a low degree of Joule heating (as the borate is a suspected
CMR (carcinogenic, mutagenic or toxic for reproduction), TAE is
an alternative that is often used, seeNote 4). TBE buffer consists of:

1. Tris (tris(hydroxymethyl)aminomethane): Buffering agent for
slightly basic conditions (pH ¼ 7.9).

2. Boric acid: Weak acid that improves the buffering capabilities of
Tris.

3. EDTA (Ethylenediaminetetraacetic acid): Chelating agent that
scavenges multivalent metal ions, in particular magnesium
(Mg2+). Since multivalent metal ions are common cofactors
for many enzymes, like nucleases that digest DNA, the removal
of these ions will prevent enzymatic degradation of DNA.

2.3.2 Protocol for

Preparing 1 L 5� TBE

Buffer

1. Prepare 0.5 L of 0.5 M EDTA solution by weighing out
93.06 g of disodium EDTA (372.24 g/mol) and adding it to
350 mL of water (see Note 5). EDTA will not go into solution
until pH is adjusted to 8.0. Add NaOH pellets to the solution,
one by one, while stirring vigorously on a magnetic stir plate.
Monitor solution pH using a digital pH meter so as not to
overshoot. Bring the final solution volume to 0.5 L with water.

2. Prepare a 5� TBE solution by adding 20 mL of 0.5 M EDTA
solution from item 1, 54 g of Tris (121.1 g/mol) and 27.5 g of
boric acid (61.8 g/mol) to 800 mL of water. Then adjust pH
to 8.0–8.5 by adding HCl while monitoring pH. Bring final
solution volume to 1 L with water.

3. Autoclave buffer.
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The stock buffer can be diluted to any arbitrary ionic strength.
For the following steps, 0.5� TBE buffer is used as an example.
Note that the stretching of confined DNA varies significantly
with ionic strength [34] and for particular applications, such as
DNA mapping, the DNA should be stretched out as much as
possible and hence a low ionic strength buffer is used.

4. Dilute the 5� TBE buffer ten times. Then use a syringe with a
0.2 μm filter to aliquot approximately 1.2 mL of buffer into a
large number of 1.5 mL microcentrifuge tubes. Store these
tubes in the refrigerator for future use. Degas the tubes at
least 2 h prior use. The final 0.5� TBE solution contains
44.6 mM Tris, 44.5 mM boric acid, and 1 mM EDTA and
has an ionic strength of approximately 15 mM at pH 8.5.

2.3.3 Protocol for

Staining 1 mL of 10 μg/mL

DNA at a Dye:bp Ratio

of 1:10 in 0.5� TBE Buffer

Always use wide-orifice pipette tips to handle DNA solutions.

1. Create 250 μL of 50 μg/mL solution of DNA in 0.5� TBE (see
Note 6).

2. Pipette 769 μL of 0.5� TBE buffer into a separate 1.5 mL
microcentrifuge tube.

3. Pipette 47.5 μL of 0.5� TBE buffer into a 0.65 mL tube. Add
2.5 μL of YOYO-1 from the stock solution (1 mM). This
creates a 50 μM dye solution. Work in low light from now on
to avoid bleaching of the dye.

4. Pipette 31 μL of the 50 μM dye solution from item 3 into the
buffer-filled tube from item 2. This creates a solution with a
dye concentration of 1.55 μM. Vortex and centrifuge the solu-
tion to evenly distribute the dye.

5. Pipette 200 μL of DNA from item 1 into the buffer filled tube
from item 4. Do NOT ever vortex or centrifuge solutions
containing DNA—that will fragment the DNA. In order to
mix the DNA, use a wide-orifice tip and gently pipette a part of
the solution a minimum of three times while evenly distribut-
ing the ejected solution throughout the tube.

6. To evenly distribute the dye throughout the population of
molecules, wrap the tube in aluminum foil and heat the solu-
tion to 50 �C for 3 h and then store at 4 �C. An alternative for
efficient equilibration is to prepare the samples at high ionic
strength (5� TBE), where equilibration is fast, and subse-
quently dilute the sample to the desired ionic strength [35].

To obtain an optical map of the DNA or to study DNA–protein
interactions, more intricate sample preparations are needed (see
Notes 7 and 8).

1. Mix 485 μL of degassed buffer with 15 μL of BME (seeNote 9)
in a 0.65 mL microcentrifuge tube. BME will collect at the
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2.3.4 Protocol for

Preparing 400 μL Loading

Buffer and 100 μL DNA in

Loading Buffer

bottom of the tube, so mixing by pipetting and/or vortexing is
essential at this stage. Note that vortexing should not be per-
formed after the DNA has been added. Below we will refer to
this as the loading buffer.

2. Pipette 95 μL of the loading buffer into a 0.65 mL microcen-
trifuge tube.

3. Add 5 μL of the 10 μg/mL solution of stained DNA using
wide-orifice pipettes. Mix the solution very gently with the
pipette. Work in low light to protect the DNA, and wrap the
tube in aluminum foil once the DNA-solution is made. Below
we will refer to this as the DNA loading sample.

2.4 DNA Samples In order to characterize the experimental techniques, it is necessary
to use monodisperse DNA. There are a few different purified
monodisperse DNA solutions commercially available, and using
restriction enzymes different size distributions can be obtained.
Table 1 lists a few common examples of commercially available,
purified and monodisperse DNA.

2.5 Fluorescence

Microscopy

For a thorough introduction to microscopy the authors recom-
mend the MicroscopyU website from Nikon (www.microscopyu.
com), especially the tutorial section on fluorescence microscopy
(www.microscopyu.com/articles/fluorescence/index.html), as
well as ref. [36].

Due to the low light levels and the risk of photodamaging the
DNA, the optical system must be designed to maximize photon
detection probability and signal-to-noise ratio. Key considerations
are:

1. High-quality filters with high transmission (~90%) in the wave-
length region relevant for the dye used and low transmission in
the rest of the spectrum, corresponding to a high optical den-
sity (OD > 5).

Table 1
Selection of commercially available DNA molecules

Name Length (kbp) Supplier

λ-DNA 48.5 New England Biolabs

λ-DNA concatamers (in gel) 48.5 � n (n ¼ 1 ~ 20) New England Biolabs

Yeast DNA (in gel plug) ~10–500 New England Biolabs

T4GT7-DNA 166 Nippon Gene

Charomid 9 (circular) 19.7–42.2 Nippon Gene

T7 39.9 Yorkshire Bioscience
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2. Objectives (40–100�) with high numerical apertures (NA).
Oil immersion objectives readily achieve NA of 1.4 and are
perfectly suited for devices sealed with standard coverslips
with a thickness of 170 μm. To combine a good NA and a
large WD, a 60� water immersion objective with an NA of 1.0
and a WD of 2 mm, originally designed for electrophysiology
by Nikon, can be used. This provides sufficient clearance in
situations when normal cover glass cannot be used.

3. A detector with high quantum yield (QY) and low noise.
Electron-multiplying CCDs (EMCCD) have an integrated
noise-less amplification on the CCD chip. As opposed to inten-
sification technologies based on multichannel plates, the
EMCCD is not easily damaged by excessive light levels. The
EMCCD can be back-thinned to allow for a QY approaching
90–95% over the visible spectrum. Less expensive EMCCDs
are not back-thinned and thus suffer from QY that are roughly
a factor of 2 lower. To minimize thermal noise the EMCCD is
normally cooled to �50 to �100 �C in modern cameras.
EMCCD cameras are available from e.g. Andor, Photometrics,
and Hamamatsu.

See Notes 10 and 11 for examples of additional optical tools
and technologies.

2.6 Addressing

the Chip

The two most common ways of manipulating DNA in fluidic
systems are by electrophoresis or pressure-driven fluid flow. In
order to have both these capabilities, a chip holder with both
electrical and air pressure connections to internal reservoirs can be
used [30]. The holder can be fabricated in Lucite® (PMMA),
allowing the sample to be illuminated from the top and making it
easy to detect bubbles trapped in the reservoirs in the chip holder.
However, Lucite® has poor resistance to solvents, as it swells and
dissolves easily. For experiments involving more aggressive solvents,
a holder made in PEEK (PolyEtherEtherKetone) is more suitable,
but then the holder is opaque.

An updated holder design is shown in Fig. 1. It has a modular
design where the chip is glued to a plastic frame that is readily
mounted in the stage adapater. This way the integrity of the chip
is better protected as compared to previous designs.

Pumps are needed for controlling DNA using pressure-driven
flow. Standard diaphragm pumps capable of producing pressures of
up to 5 Bar are sufficient in most cases (available from VWR). When
using pressure-driven flow the pressure is routed through a network
of valves giving the possibility of applying pressures to selected
reservoirs while others are kept at ambient pressure. To control
the pressure, a needle valve can be used as a leak valve, which
enables the pressure to be controlled with an accuracy of down to
�2 mBar. Accessories such as for example manifolds, needle valves,
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and tubing to direct and control the pressure are available from
Cole Parmer. Note that by using nitrogen as a driving gas, the
oxygen in the sample buffer is depleted and photobleaching and
photodamage is minimized.

When using electrophoresis to control the DNA, a power supply
and electrodes are needed. Platinum wires dipped into the DNA
solution in the reservoir are often sufficient as electrodes. The elec-
trophoretic mobility of DNA is on the order of 1 μm/s per V/cm.

2.7 Data Analysis Commonly used software packages for data analysis are:

1. ImageJ—A Java™-based freeware image processing and analy-
sis software developed at the National Institutes of Health,
USA (http://rsbweb.nih.gov/ij/). The software benefits
from the extensive use of open-source plugins developed by
users. Plugins from the ImageJ Cookbook are recommended
(https://imagej.net/Cookbook).

2. MatLab—A common high-level technical computing language
from The Mathworks™.

3. FreeMat—Open-source freeware available at http://freemat.
sourceforge.net/

4. GNU Octave—Freeware available at http://www.gnu.org/
software/octave/

Data analysis in optical DNA mapping is more intricate than
simply determining the sizes of DNA molecules (see Note 12).

3 Methods

A careful design of the DNA-visualization device is crucial for its
user-friendliness. Typically, two or four U-shaped inlet channels

Fig. 1 Example of chuck for mounting samples. Modular design with separate parts for frame and fluidics. The
device chips are mounted in plastic holders for easy handling. Eight reservoirs linked by o-rings to the fluidic
access holes on the chip. Reservoirs are individually addressable by pressure and electrical connections.
(LEFT) Top view. Device chip is not mounted. (RIGHT) Bottom view with mounted device chip
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3.1 Design and

Fabrication of Chips

3.1.1 Design

(50 μm� 1 μm, each connected to two reservoirs) for efficient fluid
transport are combined with nanoscale channels for stretching of
the DNA. In this way the sample can be transported quickly
through the large channels to the entrance of the nanochannels
by applying a driving force across the microchannel, enabling rapid
exchange of buffer. Using nanochannels of dimensions
100 nm � 100 nm ensures both a relatively high degree of DNA
stretching (typically~60%) without encountering many of the pro-
blems that appear when the channel size approaches the persistence
length of DNA (~50 nm). The degree of stretching can be tuned by
altering the buffer conditions [34], such as the ionic strength.

See Notes 13–15 for examples on how to include extra func-
tionalities on the chip.

3.1.2 Fabrication When fabricating nanofluidic channels for optical observation of
stretched DNA, there are some requirements to consider:

1. The channels should be sealed.

2. At least one side (substrate or lid) must be optically transparent.

3. The surface of the channels should be negatively charged with a
minimal roughness to prevent sticking and entanglement of the
DNA.

4. The material used should be hydrophilic to allow for easy
wetting of the channels.

In the following section, two commonly used fabrication pro-
cesses based on fused silica and on composites of silicon and boro-
silicate glass are outlined. Note that to be compatible with
electrophoresis the devices should be made in glass or silica, or, if
silicon is used, that the surface oxide is of high enough quality such
that no pinholes are formed.

A full-scale cleanroom, with spinners for resist deposition, mask
aligners for exposure of micron scale patterns and an electron-beam
writer for definition of nanoscale structures, is required for both
fabrication schemes (seeNote 16). Reactive-ion etchers are used for
etching channels with straight walls.

In order to align the nanostructures and the microchannels it is
useful to first define alignment marks in the wafer periphery. This
can be done by either etching or depositing metals on the wafer (see
Note 17), the latter described below. It is assumed that the clean-
room used has its own standard processes for the following steps.

3.1.3 Definition

of Alignment Marks

Fused silica:

1. Treat the fused silica wafers with HMDS (hexamethyldisila-
zane) to increase resist adhesion.
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2. Spincoat and bake a combination of resists used for liftoff, e.g.
LOR/AZ or other similar sandwich constructs, to enable a
pattern with an undercut.

3. Expose and develop the resist to create the undercut structure.

4. Run a low-power oxygen descum plasma to remove remaining
resist residues.

5. Evaporate a 5 nm Cr (or Ti) adhesion layer and subsequently a
50–80 nm thick Au layer.

6. Strip the resist using a chemical stripper, e.g. Microposit
Remover 1165 or acetone (see Note 18).

Silicon–borosilicate glass:

1. Thermally oxidize the surfaces of the Si-wafers to a thickness
greater than the intended depth of the microchannels in order
to accommodate both nanochannels and microchannels in the
oxide layer.

2. See the processing steps (steps 1–6) above for the case of fused
silica.

3.1.4 Definition

of Nanochannels

Fused silica:

1. Treat the fused silica wafers with HMDS to increase resist
adhesion.

2. Spincoat and bake a 150–250 nm thick layer of ZEP520A e-
beam resist. ZEP is chosen because of its good dry-etch resis-
tance. Other resists can be used but they often require deposi-
tion of an additional metallic etch mask.

3. Thermally evaporate 15 nm Al on top as a discharge layer. (This
is only needed when working with isolating substrates such as
fused silica.)

4. Expose the resist (exposure dose approximately 280 μC/cm2 at
100 kV).

5. Remove the Al layer using e.g. MF322 developer.

6. Develop the resist using e.g. ZED N50 developer.

7. Run a low-power oxygen descum plasma in order to remove
remaining resist residues.

8. Etch the nanochannels into the fused silica using RIE with
CHF3/CF4 chemistry.

9. Strip the resist using a chemical stripper, e.g. Microposit
Remover 1165.

Silicon–borosilicate glass: See the processing steps (steps 1, 2,
4, 6–9) above for the case of fused silica. Note that application and
removal of a discharge layer (steps 3 and 5, respectively) are not
needed when processing conductive substrates.
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3.1.5 Definition of

Microchannels (Fused

Silica and

Silicon–Borosilicate Glass)

1. Treat the wafers with HMDS to increase resist adhesion.

2. Spincoat and bake a 2–5 μm thick layer of photoresist, e.g. an
AZ resist, that has relatively high etch resistance.

3. Expose and develop the resist.

4. Run a low-power oxygen descum plasma in order to remove
remaining resist residues.

5. Etch the microchannels (approximately 1 μm deep) using RIE
with CHF3/CF4 chemistry.

6. Strip the resist using a chemical stripper, e.g. Microposit
Remover 1165 or acetone.

3.1.6 Processing

of Access Holes

Fused silica: There is a multitude of ways of producing access holes
through a wafer (see Note 19). Here we describe a setup based on
powder blasting.

1. Spincoat at least 5 μm photoresist on both sides of the wafer.

2. Cover the backside (i.e. the non-structured side) with an adhe-
sive plastic film, e.g. 70 μm thick Nitto SWT 20 film (see Note
20).

3. Make holes through the film over the reservoir structures using
a scalpel or e.g. laser ablation.

4. Powder blast using 50–110 μm-sized Al2O3 particles from the
backside of the wafer (i.e. the non-structured side). A small
powder-blasting tool and the powder can be obtained from
Danville Materials.

5. Remove the film, strip the resist in a chemical stripper and/or
acetone and carefully clean the wafers in an ultrasonic bath.

Silicon–borosilicate glass:

1. Deposit 150 nm Al on the processing side of the silicon wafer
by either sputtering or evaporation.

2. Spincoat and bake a 2–5 μm thick layer of photoresist, e.g. an
AZ resist.

3. Expose and develop the resist.

4. Run a low-power oxygen descum plasma in order to remove
remaining resist residues.

5. Remove the Al-layer in the openings of the resist with Al-wet
etch, ensuring that the used resist is compatible with, e.g. 80%
H3PO4 + 5% HNO3 + 5% HAc + 10% H2O.

6. Etch through the Si-wafer with a deep reactive-ion etch
(Bosch) process. Note that this processing step will typically
consume the applied photoresist and thus relies on the Al-layer
as a hard mask.

7. Remove the Al-mask with standard Al wet etch.
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3.1.7 Sealing of the

Chips

The last step in the production of the chips is sealing. This can be
done in several different ways depending on the material of the
chips (see Note 21). Fused silica can be bonded covalently via
condensation of hydroxyl groups when two surfaces are brought
together. Table 2 summarizes two standard ways of creating a high
density of the necessary hydroxyl groups, involving thorough
cleaning to remove organic residues and subsequent surface
activation.

For the RCA-based method the hydrogen peroxide should be
added after the mixture has reached the correct temperature to
avoid disintegration of the hydrogen peroxide.

3.2 Chemicals When studying single DNA molecules it is very important that the
molecules are kept in a controlled environment and not subjected
to reactive contaminants such as radicals or enzymes that damage or
digest DNA. Some of these enzymes, such as endonucleases, are
present on our skin in order to break down foreign DNA that we
come in contact with. It is therefore crucial that gloves are worn at
all times when handling DNA and that all tools and pipette tips that
come in contact with either the buffer or the DNA samples have
been autoclaved or sterilized in another way, e.g. by wiping them
with ethanol.

3.2.1 Fluorescent

Labeling of DNA

Dimeric cyanine dyes like YOYO®-1 (YOYO) (Invitrogen, Carls-
bad, California, USA) are extensively used for imaging single DNA
molecules due to their high binding affinity to DNA
(KA ¼ 1010–1012 M�1) and a fluorescence enhancement upon
binding to DNA of over 1000, which ensures a low fluorescence
background from unbound dye molecules [37]. Figure 2 shows the

Table 2
Two fusion-bonding protocols for fused silica (see Note 22)

RCA-based Piranha-based

Chemical Time Chemical Time

RCA2 at 80 �C (1:1:5 HCl:H2O2:H2O) 10 min Piranha (1:3 H2O2:H2SO4) 20 min

Rinse carefully with DI water for 5 min

RCA1 at 80 �C (1:1:5 NH4OH:H2O2:H2O) 10 min Ammonium hydroxide (NH4OH) 40 min

Rinse carefully with DI water for 5 min

Blow dry in N2

Press together by hand to form a prebond

Anneal at 1050 �C for at least 3 h (ramp temperature at approximately 300 �C/h for both heating and
cooling)
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absorption and emission spectra as well as the chemical structure of
YOYO [38]. Staining of the DNA with intercalators affects the
physical properties of the DNA. The effect on the persistence
length of the DNA due to intercalation has been an area of contro-
versy with a wide range of reported effects. Recently it has been
concluded that the persistence length is unaffected [39]. The con-
tour length of DNA is however increased by approximately
0.68 nm per intercalating YOYO molecule (one basepair
(0.34 nm) per intercalation event) [40, 41] at moderate binding
densities.

When staining the DNA it is important to know the resulting
dye:bp ratio ([dye molecule]:[basepair]). The easiest way of calcu-
lating this is to use the molar concentrations of the dye and DNA,
respectively. If the concentration of DNA is known in μg/mL it is
easily converted using the average molar mass of one DNA basepair
(bp), Mbp ¼ 618 g/mol. The DNA concentration can also be
determined by absorbance measurements, using the molar absorp-
tion coefficient for DNA at λ ¼ 260 nm, ε260 ¼ 13,200 cm�1 M�1

(basepair) or 50 μg/mL for OD 1 (1 cm optical path length).
Knowing the molar concentrations of the DNA and the dye, the
dye:bp ratio is readily obtained. In the case of dimeric cyanine dyes,
like YOYO, the dye concentration should not exceed a value
corresponding to a dye:bp ratio of 1:5 in order to avoid crowding
of dye on the DNA. It is important to note that the binding
constant of YOYO decreases significantly at high ionic strength.
This means that at higher ionic strengths, the amount of dye bound
will not correspond to the amount of dye added [35].

Fig. 2 (LEFT) Excitation (solid)/emission (dashed) spectra of YOYO®-1 bound to DNA. Adapted from data from
Invitrogen. Inset: TOTO®-1 intercalating in DNA, visualized using the open-source viewer JMol. The structure
(PDB ID: 108D) was determined by nuclear magnetic resonance [35]. (RIGHT) Chemical structure of YOYO®-1
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3.3 Running

Experiments (Loading

of DNA)

Prior to mixing the loading buffer, the TBE buffer can be degassed
in a vacuum chamber for 2 h in order to reduce the amount of
dissolved air in the system and to avoid bubble formation in the
channels. The degassing process can be shortened to about
10–20 min by ultrasonic agitation. If nitrogen is used to pressurize
the system instead of air, the degassing can be shortened or even
completely skipped. Fresh loading buffer should be prepared in
conjunction with every experiment, since the BME degrades with
time (see Note 23).

Use the loading buffer to wet the chip, either before mounting
in the chuck or after. Placing droplets over the fluidic access holes is
normally sufficient to wet the chip by capillary forces (seeNote 24).
Remaining air bubbles can be removed by applying a pressure
across the channels. Using degassed buffer solution during experi-
ments ensures that bubbles formed during the capillary wetting
[42] are absorbed into the liquid and also prevents the DNA from
degrading.

When the chip is properly wetted, the DNA loading sample is
added to the desired reservoirs and loading buffer to the remaining
reservoirs. For experiments on DNA–protein interactions it is
important to passivate the nanochannels before running the experi-
ments to avoid non-specific binding of the proteins to the channel
walls (see Note 25).

The DNA can be moved through the chip by electrokinetic
transport or pressure-driven flow. A pressure difference of approxi-
mately 100 mBar results in reasonable sample velocities when
transporting the DNA in the micron-sized channels, from the
inlet reservoirs to the nanostructures. Once the DNA molecules
are in close proximity to the inlets of the nanochannels, the driving
force is shifted so that it is applied across the nanochannel array
instead. At this point a low driving pressure makes it possible to
collect a desired amount of DNA at the entrance of the nanochan-
nels due to the entropic barrier. The most convenient way to
subsequently introduce DNA into the nanochannels is to pulse
the pressure, switching rapidly between a low pressure and
1–3 Bar. When the DNAmolecule of interest is in the nanochannel
and in the field of view of the CCD, stacks of images of at least 200
frames are recorded (see Note 26). During the measurements the
coordinates of at least two alignment marks on the chip as well as
the stage coordinates for all the recorded stacks can be recorded.
This allows for both rotational correction as well as accurate locali-
zation of the molecule within the fluidic network in the case of a
more intricate design of the chip.

There are a few things to be aware of during image/data
acquisition:

1. If one of the ends of the DNAmolecule appears much brighter,
it might have been folded while entering the nanochannel.
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Given time (usually minutes) the end will unfold [43], else the
molecule can be pushed out into the microchannels and re-
injected into the nanochannels.

2. A small pressure offset when using pressure-driven flow can
cause the molecule to not be in its equilibrium state while
imaging.

3. Photonicking may cause the DNA to be cut into smaller pieces
while imaging. However, the ordering of the fragments will not
change since two pieces cannot diffuse past each other while
confined in a nanochannel (although very short fragments can
pass).

4. During long imaging periods, the molecules will most likely
fade significantly in fluorescence intensity due to photobleach-
ing, especially in the absence of BME.

5. The DNA present close to the nanochannels can suffer from
some degree of photobleaching and photonicking during
imaging of the DNA in nanochannels. Therefore, an important
consideration is to make sure that the illuminated area does not
extend beyond the region of interest, if necessary using the field
aperture.

6. DNA molecules may become pinned at one or several points
along their length due to interactions with the surface of the
channel. Pinned molecules are straight forward to identify and
exclude from analysis.

The techniques used to fabricate nanochannel chips are time-
consuming and expensive. It is therefore of interest to clean and
reuse devices if possible. This can be done without removing the
chip from the holder. The basic idea is to thoroughly remove all of
the running buffer and the sample from the entire chip and chip
holder, replacing it with DI water. DI water should be flowed
through the device at maximum pressure in various directions,
while repeatedly replacing the solution in the reservoirs with clean
DI water, until no sample can be seen. Illuminating the important
areas of the chip with maximum power can help to break up/
photo-bleach any stuck DNA or background fluorescence due to
surface-adsorbed dye. Close attention to cleaning can make it
possible to use chips for many experiments over several months.

3.4 Data Analysis To extract essential parameters from the movies (or rather stacks of
images) of DNA molecules confined in a nanofluidic structure, a
simple pattern recognition and fitting script can be used [1] The
key steps of the analysis are listed and explained below.

1. The position of the DNA molecule is detected. A region of
interest (ROI) is created around the molecule and the rest of
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the image is discarded in order to reduce the amount of data to
store (Fig. 3a) [44].

2. The pixels are summed over the width of the extended DNA
yielding a one-dimensional intensity profile of the molecule.

3. Step 2 is repeated for each frame in the movie, except that the
molecule is identified based on its position in the previous
frame. Stacking these intensity profiles next to each other yields
a timetrace (also known as a kymograph) (Fig. 3b). In this way
a whole movie can be reduced to one single composite image.

4. The intensity profiles are fitted to a model profile, described
below, by a least-square algorithm (Fig. 3c). This fitting pro-
vides the center position, intensity (with subtracted

Fig. 3 (a) The first fluorescence image in an image stack. A box is drawn enclosing the extended DNA
molecule. The scale bar corresponds to 20 μm. (b) Time trace obtained by averaging over the molecule shown
in (a) in the direction transverse to the DNA extension for every frame. Each column of pixels corresponds to
the averaged intensity profile of one frame. The scale bars correspond to 20 μm and 10 s, respectively. (c) The
intensity profile I(x) and the corresponding fit for one column of the time trace. (d) A histogram over all the
fitted lengths from one movie containing 400 frames. The data is well described by a Gaussian distribution
(solid line). Reproduced with permission from ref. 41
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background) and length of the DNA for each frame in the
original movie.

The model intensity profile, I(x), consists of a convolution of a
modified box function (height I0, length LX) with a Gaussian
point-spread function (PSF), with a full width at half maximum
(FWHM) of 2.35σ0 ¼ 0.61λ/NA (λ is the wavelength of the light
and NA is the numerical aperture of the objective) [1]. The model
is represented by:

I ðxÞ¼ I bg

þ I 0
2

ð1�BÞErf x�x0

σ0
ffiffiffi
2

p
� �

�ð1þBÞErf x�ðx0þL0Þ
σ0

ffiffiffi
2

p
� �� �

,

where Ibg is the background intensity value, B is a numerical
factor introduced to allow for a non-constant background, Erf is
the error function and x0 is the center position of the box function
(see Note 27).

It is important to realize that the biologically relevant gauge of
resolution in these experiments is basepairs and not nanometers or
pixels. Standard fluorescence microscopy has a resolution limited by
diffraction to roughly half the wavelength of the detected light. The
resolution in basepairs is determined by the degree of DNA stretch-
ing, the DNA fluctuations and the total photon budget. Thus,
maximum resolution is obtained in channels with the smallest possi-
ble cross section yielding fully stretched DNA with a minimum of
thermal fluctuations. In practice there is an optimum resolution for
each experiment and it is important to design the experiments
accordingly. For example, studies of a selected region of interest
along the genome may require the highest possible resolving
power, requiring extensive efforts in terms of data acquisition, stor-
age and handling. In some applications the resolving power per se is
not relevant, instead the positioning of one or more specific labels
contains the important information. In this case the measurement
uncertainty scales roughly as

1 ffiffiffi
N

p= whereN is the number of detected
photons, giving accuracies approaching a single nanometer [45].

The exact degree of stretching for a particular experimental
condition can be determined using a DNA of known length, such
as λ-DNA (from NEB), as reference.

For experiments regarding optical DNA mapping, the data
analysis is more intricate, see Note 12 for an example regarding
competitive binding-based optical DNA mapping.

4 Notes

1. One common fabrication method uses nanoimprint lithogra-
phy (NIL). This has the benefit that it is possible to order
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finished master stamps commercially (available fromNIL Tech-
nology, Denmark), thus eliminating the need for an electron-
beam lithography system. A common mass production tech-
nique, capable of defining nanostructures, is injection molding.
With suitable choice of low-fluorescence polymer matrix it may
prove useful for large series of devices. Although focused ion
beam (FIB) milling is a slow linear technique, it may find use
for creating complicated three-dimensional structures with res-
olution comparable to that of electron-beam lithography.
Direct laser writing systems (available from Nanoscribe
GmbH, Germany) are now also capable of creating complex
three-dimensional structures with feature sizes below 100 nm.

A multitude of more exotic alternative fabrication techniques
are described in the literature.

2. 0.1 M dithiothreitol (DTT) can replace BME as reducing agent.

3. POP6 (Performance Optimized Polymer 6) from Applied Bio-
systems can be used as an alternative to PVP.

4. TAE buffer is a useful alternative to TBE that replaces the
borate with acetate. While borate has been identified as a
substance that may pose risks with respect to CMR, acetate is
considered a safe alternative. Compared to TBE it has less
buffering capacity and for running gels it must be exchanged
more often. Standard concentration is 1� TAE: 40 mM TRIS
acetate and 1 mM EDTA. TAE is readily available in 50�
solution or it can be made by mixing 242 g of TRIS base,
57.1 mL glacial acetic acid, 100 mL of 0.5 M EDTA in water,
finally adjusting the volume to 1 L.

5. Whenever water is mentioned in the context of buffer compo-
sition, we refer to ultrapure water with resistivity 18.2 MΩ cm
(at 25 �C) (referred to as Milli-Q water when using water
purification equipment from the Millipore Corporation).

6. DNA in stock solutions at concentrations of 100–500 μg/mL
is very viscous and hard to pipette accurately. Tip the tube
sideways and suck in the solution very slowly to ensure that
the correct amount of DNA is withdrawn. (For λ-DNA from
New England Biolabs the stock solution is 500 μg/mL, so
25 μL of the solution is added to 225 μL of 0.5� TBE in a
1.5 mL microcentrifuge tube to obtain a DNA concentration
of 50 μg/mL.).

When working with lambda phage DNA, it may be advisable to
heat it to 50 �C for 10 min in a microcentrifuge tube heater and
quench in icy water to avoid concatamers due to the hybridiza-
tion of the single-strand overhangs.

7. One way of obtaining sequence information from DNA
stretched in nanochannels is to tag specific sequences with a
bright fluorophore. The most common way to do this is to use
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an enzyme that nicks the DNA at a specific sequence and
subsequently repair that nick with a ligase and polymerase
that incorporate fluorescent nucleotides [28, 29]. The recog-
nition sites for commercially available nicking enzymes range
from 4 to 7 bases in length but a recent report used a mutated
CRISPR/Cas9 system to obtain a recognition size of 23 bases
[46]. In recent studies, methyltransferases have been used for
the same type of experiments, where the main advantage is that
the DNA is not damaged as part of the labeling process [47].
The result is a DNA stretched in nanochannels with a series of
dots at specific distances that represents the underlying
sequence. This principle has gained increasing attention and
also been commercialized via BioNanoGenomics.

8. An alternative way to obtain sequence information is affinity-
based labeling. In these assays the principle is that the affinity of
the YOYO-dye used to stain the DNA is altered in some way to
make its binding sequence selective. Two main strategies have
been presented in the literature. The first is to locally melt the
DNA by increasing the temperature and/or adding formamide
that weakens the hydrogen bonds between the bases. Since AT-
bases are connected via two hydrogen bonds and GC-bases by
three, AT-bases melt at a lower temperature. Since YOYO-1
only binds to base-paired DNA, it will bind preferably to GC-
rich regions in a partly melted DNA and an intensity variation
along the DNA, where GC-regions are bright and AT-regions
are dark, will be formed.

A different way of forming the affinity-based barcode is to add
netropsin as the same time as YOYO is added. Netropsin is a
molecule that has a strong preference for AT-rich DNA and
hence blocks those regions from YOYO binding. As a conse-
quence YOYO will mostly bind to GC-rich regions and the
result is again an intensity variation along the DNA where AT-
rich regions are dark and GC-rich regions are bright. Competi-
tive binding-based barcodes have recently been extensively
used for identification and characterization of bacterial plas-
mids coding for antibiotic resistance [48–50].

9. BME, a highly toxic chemical that serves as a biological antiox-
idant by scavenging oxygen and hydroxyl radicals in the buffer,
thereby preventing photobleaching and photoinduced damage
(photonicking) of the DNA.

An enzymatic oxygen scavenger system may constitute a useful
alternative when reducing agents cannot be used. It consists of
0.2 mg/mL glucose oxidase, 0.04 mg/mL catalase and 4 mg/
mL β-D-glucose (available from Sigma-Aldrich). The oxygen
scavenger system can be combined with BME but typically does
not provide any additional benefit for the experiments listed.
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10. One useful option in a fluorescence microscope is a unit that
sends a selected field of view through two different optical
paths and projects the resulting images on two separate areas
of the CCD. This allows the user to acquire two (or more)
colors or two polarization directions simultaneously. Existing
systems include DV2™ from Photometrics and OptoSplit™
from Cairn Research.

11. To improve imaging resolution, a wide range of novel techni-
ques have been developed, each one capable of reaching a
resolution of below 100 nm [5]. They essentially fall in three
categories: local suppression of the fluorescence emission
(STED), repeated photoactivation and subsequent imaging of
a subset of the fluorophores in the sample (STORM, FPALM)
and structured illumination (SIM).

Most imaging is carried out with B/W cameras giving infor-
mation on the intensity in each pixel. For additional contrast
information, multicolor (spectroscopic) or fluorescence life-
time imaging (FLIM) may be utilized.

12. For affinity-based optical DNA mapping, described in Note 8,
the theoretical framework for creating theoretical barcodes,
comparing experimental and theoretical barcodes, forming
consensus barcodes from several individual barcodes etc. can
be found in the literature [48, 49, 52].

13. In order to expose the DNA to a gradual change in confine-
ment in one single chip, it is possible to use funnel-like chan-
nels [11]. This is an analogue to force spectroscopy techniques
using optical tweezers that allows for probing of low DNA
extensions, corresponding to forces in the femtonewton
regime, without anchoring the molecules. Another feature
that can be added to the chip is demonstrated in Fig. 4
(right). In this chip design a nanoslit is etched orthogonal to
the nanochannels. This allows for enrichment of DNA in the
nanogrooves by applying moderate positive pressures at both
ends of the nanochannels. If the slit is sufficiently shallow,
entropy keeps the DNA in the grooves while buffer flows
through the slit. This design also allows for changing the
chemical environment of the DNA, by flushing the desired
solution in the slit, while monitoring the DNA in real time.

14. When analyzing long, genomic DNA extra care has to be taken
due to the relatively large size of the molecules. For intermedi-
ate size DNA such as from bacteria, a meandering nanochannel
can be used [53], so that the entire DNA can be visualized in
one single frame. Considering human DNA, it can be noted
that the largest single DNA molecule has a fully extended
length of over 8 cm (chromosome 1). If the DNA molecule is
too long for the whole molecule to be easily extended in a
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single nanochannel, one possibility is to stretch it by shear flow
[54, 55] in a device made by conventional photolithography.
With this approach there is no need for nanofabrication. How-
ever, it is a dynamic system in which the DNA conformation
will not be at equilibrium as compared to DNA confined in
nanochannels.

15. The layout of a DNA analysis chip may also contain features for
sample preparation such as cell-sorting, cell lysis, DNA extrac-
tion and purification, and DNA staining in addition to the
actual analysis of the DNA molecules. This kind of integration
would enable the analysis of DNA from a single cell, which
would be especially useful in the study of e.g. rare circulating
tumor cells. A potentially very useful development with this
regard is the use of deterministic lateral displacement to con-
tinuously guide cells and chromosomes through different
chemical environments for cell lysis and DNA staining [56].

16. Even without an e-beam writer, slit-like channels (depth in the
nanometer range and widths larger than 0.5 μm) can readily be
defined with UV lithography and carefully tuned RIE etching.

Fig. 4 (LEFT) Chip design with nanochannels spanning two U-shaped microchannels. This design enables fast
buffer exchange since all of the liquid does not have to pass through the nanochannels. The size of each chip
as seen in the lower image is 1 � 1 in. In order to visualize the nanochannel region, the central region is
exaggerated. (RIGHT) Schematics of a similar design as the left one with an added nanoslit oriented
perpendicular to the nanochannel array. In the nanoslit the nanochannels become nanogrooves in the bottom,
working as entropic traps for the DNA. This design also allows for enrichment of DNA in the nanogrooves by
applying positive pressures at both ends of the nanochannels. In order to visualize the nanochannel region, the
central region is exaggerated. The nanoslit and nanochannels are 50 μm and 100 nm wide respectively.
Reproduced from ref. 12 with permission from The Royal Society of Chemistry
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17. Alignment marks can alternatively be formed by anisotropic
RIE etching, and in the case of silicon also through anisotropic
wet etching using e.g. KOH. If etching is used to define the
alignment marks it is important that they provide a sufficient
contrast for the alignment in the mask aligner. An etch depth of
at least 200 nm is recommended. For metal alignment marks it
is also possible to first deposit a layer of metal and subsequently
spin on and pattern a photoresist and in a last step etch away
the exposed metal. Al is commonly etched using either a wet
etch using phosphoric acid or a dry etch containing chlorine
chemistry. Au is commonly etched by using wet etches of either
potassium iodine or aqua regia (1:3 HNO3:HCl).

18. Instead of using chemicals, the resist can be stripped by an
oxygen plasma treatment. However, this is not recommended
since it can burn the resist, making it very hard to remove, and
also induces roughness on the sample surface.

19. Examples include micromilling, deep reactive ion etching
(DRIE) or ultrasonic drilling. However, these techniques
often demand some specialized equipment, which is very
expensive compared to that needed for powder blasting.

20. Instead of using a soft film in order to mask the wafers/chips
during powder blasting, a metal mask defined in a thick brass
plate can be used. The chip is then attached to the metal mask
using reversible thermal glue. It should be noted that since the
metal mask is hard, it will also be degraded by the powder
blasting, which attacks hard surfaces.

21. Polymer-based devices are generally sealed using polymer
fusion bonding. The device is bonded to a lid with a polymer
film by heating until the polymer layers on the chip and lid
intermix. The combination of polymer compositions and tem-
peratures must be carefully chosen to create a sufficiently
strong bond while maintaining the structural integrity of the
micro- and nanochannels. Anodic bonding is the standard
technique to bond borosilicate glass to silicon, also for silicon
with a hydrophilic oxide layer, but it might cause wide nano-
channels (nanoslits) to collapse.

22. The Piranha-based protocol can be used to bond silicon with a
thin layer of oxide (<150 nm) and borosilicate glass. However,
the final annealing should in this case be done at 400–450 �C
to avoid excessive strain due to the difference in thermal expan-
sion coefficient between silicon and glass [57].

23. BME degrades in the presence of oxygen and therefore a small
amount should be transferred to a microcentrifuge tube and
used for the experiments in order to avoid opening the main
bottle too many times. The main bottle should be filled with
nitrogen after each time it is opened. A sealed bottle should be

194 Fredrik Westerlund et al.



stable for at least 3 years. The BME in a mixed loading buffer
will last approximately 1 day.

24. For chips that are difficult to wet, e.g. in the case of hydropho-
bic materials or dead-end channels, critical point wetting [58]
can be used. However, critical point wetting requires that the
material used is capable of withstanding at least the tempera-
ture at the critical point of water, T ¼ 374 �C.

25. Using lipid bilayers is an efficient way of passivating nanofluidic
structures [59]. Lipid bilayers are superior to common passi-
vating strategies in microfluidics, such as non-specific binding
of BSA, since a lipid bilayer is a 2D liquid and hence very
smooth and defect free due to its inherent self-repair capability.
Lipid bilayers have been used in several studies of DNA–pro-
tein interactions in nanochannels [60, 61].

26. The frame rate should be selected based on the timescales of
interest. Long exposure times might blur the image due to drift
and diffusion of the DNA. Signal-to-noise might become
insufficient for very short exposure times. For typical imaging
applications, 10 fps is a suitable choice. Very short exposure
times enable detailed studies of dynamics and fluctuations,
typically occurring at higher rates than 10 Hz. Long exposure
times can on the other hand be used to discern bound mole-
cules from freely diffusing molecules. It has also been shown
that altering the exposure times makes it possible to obtain
binding kinetics for transcription factors on DNA [62].

27. It should be noted that to be mathematically rigorous, an Airy
function should be used for an ideal optical system rather than
the more convenient-to-use Gaussian approximation. Further-
more, to fully optimize the analysis, it has been shown that a
careful choice of fitting function that closely mimics the real
PSF will give a slight but significant improvement.
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Chapter 11

Use of Single Molecule Fluorescence Polarization
Microscopy to Study Protein Conformation and
Dynamics of Kinesin–Microtubule Complexes

Matthieu P.M.H. Benoit and Hernando Sosa

Abstract

Single molecule fluorescence polarization microscopy (smFPM) is a technique that enables to monitor
changes in the orientation of a single labeled protein domain. Here we describe a smFPMmicroscope set-up
and protocols to investigate conformational changes associated with the movement of motor proteins along
cytoskeletal tracks.

Key words Kinesin, Microtubule, Molecular motor, Fluorescence polarization, Dichroism, Single
molecule, BSR

1 Introduction

A variety of single molecules techniques have been used to elucidate
the mechanism of action of biological motors at the molecular level
with a high level of detail [1–3]. Fluorescence polarization micros-
copy methods in general (ensemble and single molecule) allow to
investigate the orientation and reorientation (angular mobility) of
macromolecules in space and time. They have been used to monitor
conformational changes in a variety of biological systems (e.g.
[4–8]) and are particularly well suited to the study of cytoskeletal
motors where key conformational changes usually involve reorien-
tation of protein domains relative to the associated cytoskeletal
filament track [1]. We describe a microscope set-up and experimen-
tal protocols to measure the orientation and angular mobility of
single kinesin molecules interacting and moving along microtu-
bules, as well as complementary ensemble FPM measurements. In
the experimental set-up used, the projected angle on the micro-
scope stage plane and angular mobility of the transition dipole
moment of a fluorophore (hereinafter referred simply as the dipole)
labeled protein domain is determined from the relative absorption
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of light polarized in various directions. With this system we have
detected and characterized conformational changes associated with
movement along microtubules of motile [9–12] and microtubule
depolymerizing kinesins [13].

2 Material

2.1 Solutions All solutions should be prepared using ultra pure water (resistance
of 18 MΩ cm at 25 �C) and analytical grade reagents.

2.1.1 Buffers 1. BRB80: 80 mM K-PIPES, 2 mM MgCl2, 1 mM EGTA,
pH 6.8 adjusted at 25 �C by titration with a 10 M KOH
solution (see Note 1).

2. BRB12: 12 mM K-PIPES, 2 mM MgCl2, 1 mM EGTA,
pH 6.8 adjusted at 25 �C by titration with a 10 M KOH
solution (see Note 2).

3. Purification buffer: BRB80 supplemented with 250 mM KCl,
5 mM β-mercaptoethanol, 50 μM ATP.

4. Labeling buffer: BRB80 (pH adjusted to 7.4), 250 mM KCl,
50 μM ATP (see Note 3).

2.1.2 Stock Solutions 1. 75 mg/ml Bovine Serum Albumin (BSA) in BRB12 (see
Note 4).

2. 2 mM Paclitaxel (Taxol) solution in DMSO.

3. Nucleotide stock solutions: 100 mM nucleotide (e.g.
AMPPNP, ADP, ATP), 100 mM MgCl2, in BRB80 (see
Note 5).

4. 80% w/v Sucrose in purification buffer.

5. 1 μM Protocatechuate-3,4-dioxygenase (PCD) solution in
100 mM Tris–HCl pH 8, 50% (v/v) glycerol, 50 mM KCl.

6. 100 mM Protocatechuic acid (PCA, the PCD substrate) in
BRB80.

7. 100 mM Trolox in BRB80.

All stock solutions are aliquoted, flash frozen in liquid nitrogen
and stored at �80 �C.

2.1.3 Others 1. Imaging solution: BRB12 supplemented with 7.5 mg/ml BSA,
20 μM paclitaxel, 2.5 mM protocatechuic acid (PCA), 10 nM
protocatechuate-3,4-dioxygenase (PCD), 1 mM Trolox,
nucleotides and kinesin at the desired experimental concentra-
tions. The imaging solution is prepared fresh for each experi-
mental session by mixing the appropriate stock solution to the
indicated final concentrations. PCA, PCD, and Trolox are used
to reduce fluorophore bleaching [14].
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2. DETA solution: 0.1% (v/v) of DETA (N1-(3-Trimethoxysilyl-
propyl) diethylenetriamine) in water with 1 mM acetic acid.

2.2 Fluorescent

Probe

1. A bifunctional fluorescence probe is used to cross-link two
cysteines so that it restrains the direction of the dipole relative
to the targeted protein domain’s 3D structure. We have used a
sulfhydril reactive fluorescent probe to specifically label cysteine
residues on the target protein, bis-((N iodoacetyl)piperazinyl)
sulfonerhodamine (BSR also called BSR-I2). This probe has the
direction of the dipole collinear to the main axis of the xan-
thene (Fig. 1, [15]). BSR was commercially available until
recently from ThermoFisher/Molecular Probes, but this is no
longer the case at the time of writing. A probe similar to BSR,
but with more flexible linkers, N,N0-Bis[2-(iodoacetamido)
ethyl]-N,N0-dimethylrhodamine (BR-I2), available from Santa
Cruz Biotechnology, has also been effectively used in several
fluorescence polarization studies [16, 17]. In our experience,
and consistent with other reports [16, 17], BR-I2 is less reac-
tive than BSR resulting in a lower yield of labeled protein for
similar labeling conditions. For the protocols and results
described here the use of the BSR probe is assumed.

2. Prepare BSR aliquots of known concentration. The rhoda-
mines and especially the iodoacetamide groups in solution are
light sensitive, so all the manipulations with the BSR are per-
formed under subdued light. Resuspend the BSR in DMSO.
Estimate its concentration assuming an extinction coefficient of
88,000 l/mol/cm at 549 nm. Adjust the concentration to no
less than 5 mM to avoid adding significant amount of DMSO
during the incubation with the kinesin. Aliquot the BSR solu-
tion and store at �20 �C protected from light.

Fig. 1 Structure of two rhodamine-derived bifunctional probes used for single molecules fluorescence
polarization studies. The rhodamine part is indicated with lighter lines (red in color figure). The direction of
the dipole is indicated by the double arrow. (a) BSR (bis-((N-iodoacetyl)piperazinyl)sulfonerhodamine). (b) BR
(N,N0-Bis[2-(iodoacetamido)ethyl]-N,N0-dimethylrhodamine)
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2.3 Proteins 1. Kinesin: Homo sapiens (KF5B) and Drosophila melanogaster
(KLP10A) recombinant kinesins proteins are expressed in
Escherichia coli (BL21) cells and purified according to standard
protocols.

2. The strategy to site-specific label kinesin proteins with a bifunc-
tional fluorophore (Subheading 3.1) involves: (a) The muta-
tion of all of the exposed cysteines to either alanines or another
residue based on substitutions found in homologous sequences
(cysteine to serine is a common one) to create a cys-lite version.
(b) The mutation of the two residues to cysteines in the target
region. We have effectively cross-linked with BSR cysteines
with a predicted separation between Cβ carbons of 14–17 Å.
For BR-I2 a distance range of 10–16 Å has been reported [16].

3. Tubulin: We either purified tubulin from bovine brain follow-
ing the protocol of [18] or obtained it from a commercial
supplier (Cytoskeleton, porcine brain tubulin). In both cases,
the purified tubulin is eventually aliquoted at 5 mg/ml
(45 μM) in BRB80 pH25�C 6.8, flash frozen in liquid nitrogen
and stored at �80 �C.

2.4 Microscope For FPM we used a custom modified wide field inverted epifluor-
escence microscope [19, 20]. All the instrumentation necessary to
control the direction of polarization of the light is kept outside the
microscope so the system can be adapted to most microscopes with
minimal or no modifications (Fig. 2).

1. The source of excitation light is a laser with a wavelength of
532 nm close to the excitation maximum of the BSR probe
(549 nm).

Fig. 2 Main components of the fluorescence polarization setup used. M1, M2, M3, and M4: mirrors. DM1 and
DM2 dichroic mirrors. FW1 and FW2: filter wheels. EOM: electro optic modulator. 1/4: quarter wave plate. BE:
beam expander. DL: defocusing lens. Obj: Objective lens
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2. Adjustable mirrors M1, M2, and M3 are used to reorient and
align the beam path.

3. A filter wheel with a variety of neutral density filter enables the
regulation of the light intensity.

4. An electro-optic modulator (EOM) followed by a quarter wave
plate (λ/4) modulate the laser linear polarization in four distinct
directions (0�, 45�, 90� and 135�) in themicroscope stage plane.

5. A filter wheel is used to alternatively block the laser path (beam
shutter), pass the beam through a linear polarizer (to test the
polarization direction of the beam), or open the beam. The
linear polarizer is inserted temporarily at the beginning of each
movie to determine the correspondence between frame num-
ber and beam polarization direction.

6. To compensate for phase distortions introduced by a single
dichroic mirror, two identical dichroic mirrors (DM1 and
DM2) with reflection planes perpendicular to each other are
used. The first dichroic (DM1) is outside the microscope and
the second one (DM2) is located in one of the microscope filter
cubes.

7. The beam is expanded by a beam expander (BE).

8. A defocusing lens (DL) provides wide field illumination of the
sample which is directed to the epifluorescence port of an
inverted microscope.

9. The beam is directed towards the objective (100�, oil immer-
sion, 1.45 NA) and the sample by reflection in a dichroic mirror
(DM2).

10. The fluorescence light emitted by the sample passes through
the dichroic mirror and is filtered by additional emission filters
(EF) to further eliminate unwanted background fluorescent
and scattered light.

11. Images of the emitted light are recorded on a high sensitivity
digital camera (Andor iXon +897 back-illuminated EMCCD).
The resulting image pixel size in this set up is 48 nm.

12. Movie data acquisition is synchronized by the waveform gen-
erators with the electro-optic modulator so that every four
frames images corresponding to each of the four excitation
polarization directions are recorded.

2.5 Protein

Preparation

1. Desalting column: Biorad, Econo-Pac 10DG.

2. AKTA Basic Fast Performance Liquid Chromatography
(FPLC), GE Healthcare Life Sciences.

3. Size exclusion column: GE Healthcare Life Sciences, Superdex
200 Increase 10/300 GL.

4. Ultracentrifuge: Beckman Optima TLX with TLA 100 and
TLA 100.3 rotors.
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3 Methods

3.1 Kinesin Labeling 1. Using a desalting column or size exclusion column, exchange
the buffer in which the protein was purified or stored to the
labeling buffer.

2. Incubate the protein solution with the BSR probe overnight at
4 �C with a 1:1 BSR:kinesin ratio. Alternatively, a shorter incu-
bation time (40 min) with a higher BSR:kinesin ratio (up to
3.5:1) also produces a good yield of labeled protein. We usually
achieve 80–100% labeling efficiency with these protocols. For
BR-I2 or with other proteins different incubation times or
different probe:protein ratios may be required (see Note 6).

3. Stop the labeling reaction by adding 1 mM DTT for 10 min.

4. To separate the labeled protein from un-reacted BSR pass the
reaction through a desalting column equilibrated with purifica-
tion buffer. The pink color of the labeled kinesin makes it easily
traceable while it migrates through the column.

5. Concentrate the kinesin to the required volume for the loading
loop of the FPLC apparatus for the next step.

6. To purify the protein from potentially present aggregates or
higher molecular weight cross-linked species pass the labeled-
kinesin solution through a size exclusion column equilibrated
with purification buffer.

7. Check the purity of the preparation with a SDS-PAGE with UV
exposition followed by Coomassie staining. Protein labeled
with the BSR will emit fluorescence under UV illumination.

8. Check the labeling efficiency. Measure the absorption at
549 nm of the purified labeled sample to estimate the BSR
concentration and any suitable method to estimate the protein
concentration (Bradford assay or measuring the band density in
a calibrated Coomassie stained SDS-PAGE gel).

9. To the purified protein add sucrose from the concentrated
stock to a final 20% w/v.

10. Aliquot the labeled kinesin (4–10 μl per aliquot), flash freeze
and store the aliquots at �80 �C protected from light. For
every experiment, new kinesin aliquots are thawed on ice.

11. To check for cross-linking of the target cysteines perform
tryptic digestion followed by liquid chromatography mass
spectrometry and ensemble FPM measurements (see Note 7).

12. Biochemical or motility functional assays should be performed
to characterize potential alterations introduced by labeling and
the cysteines substitutions introduced. Depending on the type
of kinesin used, properties like microtubule activated ATPase
activity, microtubule binding, mobility along microtubule, or
microtubule depolymerization activity should be tested.
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3.2 Flow Chamber

Preparation

Samples are imaged in flow-chambers made with two glass
coverslips. One of the coverslips is treated with DETA (Subheading
3.2.1) to increase microtubule attachment [21].

3.2.1 Preparation of

DETA Treated Coverslips

1. Put 22 � 50 mm coverslips in a metallic slide rack.

2. Rinse them with ultrapure water.

3. Sonicate the coverslips for 15 min in a solution of 0.5 M KOH.

4. Wash three times for 15min (3� 15) by sonication in ultrapure
water.

5. In a glass container, incubate the coverslips with DETA solu-
tion. Take into consideration that the DETA solution is corro-
sive; use gloves.

6. Incubate overnight at room temperature (~20–25 �C).

7. Wash three times for 15min (3� 15) by sonication in ultrapure
water.

8. Place coverslips in an oven at 130 �C until dry.

9. Store the coverslips interleaved with filter paper in a Petri dish
in a desiccator. We have stored the slides for over a month
without detecting problems with microtubule attachment.

3.2.2 Flow Chambers

Assembly

On the DETA treated coverslip apply two double-sided sticky tape
bands ~5 mm wide along the coverslip leaving a ~5 mm space in
between. Attach a smaller 18 � 18 mm untreated coverslip to the
tape to form the chamber.

3.3 Microtubules 1. Thaw an aliquot of tubulin on ice.

2. To remove aggregated tubulin, spin the tubulin at 313,000� g
for 10 min at 4 �C in ultracentrifuge and recover the
supernatant.

3. Add 1 mM GTP to the supernatant and incubate at 35 �C
during 40 min.

4. Add paclitaxel to the GTP microtubules to a final concentra-
tion of 20 μM and further incubate 40 min at 35 �C.

5. Eliminate unpolymerized tubulin by spinning the microtubule
solution at 15,000 � g at 25 �C and resuspend the pellet in
BRB80 with 20 μM paclitaxel.

6. Store the polymerized microtubules at 25 �C.

7. Estimate the tubulin concentration of the resuspended micro-
tubules by an appropriate method [22].

3.4 Sample

Preparation for an

Imaging Session

For each imaging session, a fresh imaging solution is prepared using
new aliquots for every component. When starting with a new
system, it is advisable to prepare in parallel several slides having
different concentrations of kinesin and microtubules to find the
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best concentrations for the collection of ensemble or single mole-
cule data.

1. Thaw on ice one aliquot of each of the stock solutions of BSA,
PCD, PCA, Trolox, Taxol and the particular nucleotide to be
used.

2. Prepare the imaging solution by mixing the appropriate stock
solutions. To 165 μl of BRB12, add at room temperature 20 μl
of BSA, 2 μl of paclitaxel, 5 μl of PCA, 2 μl of PCD, 2 μl of
Trolox, and 4 μl of the appropriate nucleotide to get 200 μl
total volume. Place 100 μl of the imaging solution on ice to use
for kinesin dilutions.

3. Dilute the microtubules to 40 nM in BRB80 supplemented
with 20 μM paclitaxel (room temperature).

4. Add 5 μl of microtubule into the flow chamber and incubate for
5 min to let them bind to the coverslip surface.

5. Block the glass surface by adding 15 μl of imaging buffer at
25 �C. Flow the solution into the chamber by placing the
pipette tip at one of the openings ends and the tip of a cut filter
paper at the other end. Be careful not to dry the chamber by
drawing to much liquid with the filter paper. Incubate for
5 min.

6. Dilute the kinesin in the imaging solution to the desired con-
centration and flow it into the chamber as done in the previous
step (see Note 8).

7. To prevent the sample from drying during imaging, seal the
two openings of the chamber with rubber cement.

3.5 Laser

Illumination Alignment

and Beam Polarization

Adjustment

Before recording a data set it is important to check and adjust if
needed the polarization direction and purity for each of the four
polarizations directions used, as well as the general alignment of the
microscope laser illumination.

1. If necessary align the laser path moving slightly mirrors M1,
M2, andM3 tomake sure that the beam comes straight up after
reflecting from the dichroic mirror (DM2, Fig. 2) and going
through the objective. Then check that the sample illumination
center gets imaged near the center of the camera CCD.

2. Check that each of the four voltage setting of the waveform
generator used to modulate the EOM produces the correct
polarization directions; if not, adjust the EOM amplifier bias
and/or waveform amplitude of the waveform generator. To
check the polarization directions, place a calibrated polarizer in
the beam path on the microscope stage with the beam coming
straight up from the dichroic without the objective (wear pro-
tective glasses). Set the DC output voltage of the waveform
generator to each of the four voltages predetermined to

206 Matthieu P.M.H. Benoit and Hernando Sosa



produce each of the four polarization directions to be used. For
each voltage rotate the dichroic until minimum intensity is
detected. In this situation, the orientation of the polarizer
should then be 90� from the desired orientation. If not, adjust
the waveform output voltage until this condition is met. After
finding the right voltages for the four polarization directions,
create a staircase waveform with these values to be sent to the
EOM during movie collection.

3. Check the polarization purity for each of the four polarizations
directions. With a calibrated linear polarizer in the path, set the
polarization beam in a particular direction η (by adjusting the
waveform generator DC output to one of four predetermined
voltages), measure the beam intensity with the linear polarizer
oriented at η and η + 90�, and calculate the ratio between the
intensities pη ¼ (Iη � Iη+90)/(Iη + Iη+90). The ratio p measures
the polarization purity ranging from zero (non polarized light)
to 1 (pure linearly polarized light). Typical p values in our set-
up for each of the four laser polarization directions used are
p0 ¼ 0.98, p45 ¼ 0.97, p90 ¼ 0.99, and p135 ¼ 0.96.

3.6 Imaging 1. Digital movies are recorded using Andor Solis software to
control the camera. Set the desired acquisition parameters in
the Solis program (kinetic mode, frame rate externally con-
trolled by the waveform generator, gain, number of frames to
be collected etc.).

2. Prepare a sample as described previously in Subheading 3.4.
The flow chamber is placed in the microscope with the DETA
treated cover slide facing the objective. Adjust the focus and
find a region of interest using the minimum possible laser
excitation light to avoid bleaching. For single molecule record-
ing we use a kinesin concentration between 0.1 and 4 nM (see
Note 9).

3. Once that a region of interest is found and in focus, block the
beam using the shutter in FW2 and set the beam to the desired
illumination intensity using the appropriate ND filter in FW1.
Beam intensity and frame rate are set to optimize signal to noise
and time resolution. Higher beam intensity is at the expense of
a higher bleaching rate and a higher frame rate for better time
resolution is at the expense of lower signal to noise ratio. We
typically collect data at 10 or 40Hz (100 or 25 ms/frame) with
an illumination intensity between 0.5 and 5 kW/cm2.

4. Start movie recording with the Solis software and start the
illumination-sequence-protocol. We use a protocol in which a
few frames are collected first with the beam blocked, then a few
frames collected with the beam open and a tester linear polar-
izer (0� direction) in the excitation path (FW2 Fig. 2), and then
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with the beam open and no tester polarizer for the rest of the
movie data collection period. Illumination intensity control
and the opening beam protocol are performed by rotating the
filter wheels (FW1 and FW2, Fig. 2) to the appropriate posi-
tions using a custom control program (Wheel_control.exe, see
Note 10). The frames with the beam blocked are used to
determine the background light intensity level of each movie.
The frames with the tester polarizer are used to determine the
phase of the excitation beam polarization direction (i.e. the
correspondence between frame number and excitation polari-
zation direction). After a movie is recorded move to another
area and repeat from step 3 above to collect data from multiple
microtubules from each prepared flow chamber. Individual
movies are usually recorded for 3–6 min. We record data for
no longer than 1 h per chamber.

3.7 Data Analysis The raw data collected are digital movies of the fluorescent samples
where the excitation light polarization direction changes between
four possible values (0�, 45�, 90�, 135�). From these movies, we
extract background corrected fluorescent intensity values (I0, I45,
I90, I135) in space and time for each of the four polarization excita-
tion directions using a custom Windows GUI program (FRVIEW,
see Note 10). From the intensity values of single and ensemble of
molecules we estimate the orientation of the fluorescent dipoles
and their mobility (see Fig. 3 for angle definitions). The program
FRVIEW reads the digital movie files (Andor .sif file format) and
displays image frames or position vs. time kymographs. The kymo-
graphs are used to select single molecule trajectories for analysis
(Fig. 4a). Assigning the corresponding excitation polarization
direction to each movie frame is done automatically in FRVIEW
based on the illumination-sequence-protocol (see Subheading 3.4).
The program generates tab separated text files with all the pertinent
data such as excitation light polarization direction, fluorescent
intensity, calculated linear dichroism values (LD), coordinates in
the (X,Y) plane, time, etc. These files can be conveniently read by
other software programs for further analysis.

3.7.1 Analysis of Single

Molecule Data

1. Manually mark single molecule trajectories from a position vs.
time kymograph display (Fig. 4a, b). Coordinate points
between manually selected ones are estimated by linear or
polynomial interpolation. The center position of the fluores-
cent spot at each time frame is then estimated as the center of
mass within a region of interest centered at the initially marked
coordinates.

2. The fluorescence intensity for each spot frame is determined as
the average number counts in an appropriate region of interest
(7 � 7 pixel with our setup) centered at the estimated center of
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Fig. 3 Probe orientation and angles definitions. (a) Model of a kinesin microtubule complex in the typical tight
bound configuration with the BSR probe attached in one of the target regions used in smFPM studies. The
Kinesin motor domain is represented with ribbons (yellow in color figure), the microtubule as a gray surface,
and the BSR probe as atom and sticks (magenta in color figure). The double arrow indicates the direction of the
BSR fluorescence transition dipole moment. (b) Definition of the angles used in the eqs. (X,Y) is the plane of the
microscope stage with the X axis oriented as the left-right translation direction of the microscope stage (see
also Fig. 2). The direction of the fluorescence transition dipole moment is represented as a double arrow and
noted D. It’s projection on the (X,Y) plane is noted PXY (D). β is the mean axial angle (referred simply as the
axial angle) with the filament axis of a probe that pivots rapidly within a cone of semi-angle Γ (mobility cone
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the fluorescence spot minus the background intensity. Estimate
the background as the average counts in an area close by
without fluorescence trajectories or after the molecule bleach-
ing event. Coordinate and intensity data for each selected
trajectory in a movie are saved to tab delimited text files for
further analysis.

3. Select trajectories corresponding to single molecules. We
restrict the analysis to single molecule trajectories that end by
an abrupt drop to near zero intensity due to a photobleaching
or unbinding event. Multiple stair case drops in intensity are
evidence of more than one molecule present. We exclude
molecules that have multiple time and position overlaps with
other molecules (evidenced as kymograph trajectories with
multiple crossings).

4. Refine the coordinates. A custom python script (evnrawreproc.
py, see Note 10) reads the files created by FRVIEW and the
original movie files to further refine the xy coordinates of the
fluorescent spot center positions. The script fit 2D Gaussian
functions to the intensity profile of each selected single mole-
cule trajectory frame.

5. The fluorescence intensity for each of the four polarization
directions (I0, I45, I90, I135) in a given time period is calculated
as the average of all the values corresponding to each polariza-
tion direction during such a period (with the shortest possible
period corresponding to four frames, one for each polarization
excitation direction).

6. From the four intensity values (I0, I45, I90, I135) calculate the
two linear dichroism ratios LD1 and LD2 (LD1 ¼ LD0,90 and
LD2 ¼ LD45,135) as:

LDη,ηþ90
� ¼ I ηþ90 � I η

I ηþ90 þ I η
ð1Þ

�

Fig. 3 (continued) angle). α is the probe dipole angle projected in the XY plane minus the filament axis angle in
the plane (ω). c and e shows the relationship between β and Γ for a cylindrically symmetric distribution of
probes (such as the one expected for a kinesin decorated microtubule) with the values α, r, and LD0 obtained
from single molecule and ensemble FPM measurements. (c) Simulated frequency distribution of single
molecule α values for a distribution of probes uniformly bound around a cylindrical axis with axial angle β
without adding noise (bars) or adding Gaussian noise (lines) to the simulated intensity values. The |α|
distribution has a peak near the β angle and a tail towards 0�. (d) Contour plot showing the relationship
between the order r factor (contour values and grey level), the mobility cone angle Γ (Y-axis), and the angle θ
(X-axis) of the probe from the Z axis (from Eq. 3). (e) Contour plot showing the relationship between the
ensemble LD0 (contour values and grey level), the mobility cone angle Γ (Y-axis), and the axial angle β (X-axis)
according to Eq. 6
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Fig. 4 Example of time resolved single molecule data with estimation of the dipole direction projected angle (α)
and order factor (r) along the trajectory. The kinesin used is a construct of the Drosophila melanogaster
kinesin-13 KLP10A labeled with BSR in the location indicated in Fig. 2a. In this example a kinesin molecule is
bound to the microtubule with high rotational mobility (low order r factor) while undergoing one-dimensional
diffusion along the microtubule and then become stationary (at time 50 s in b) with reduced angular mobility
(higher order r value). (a) Image of the microtubule analyzed. To produce this image several frames involving
several kinesin binding events were averaged. (b) Position vs. time kymograph taken from the microtubule
shown in a. The kymograph shows a single kinesin labeled molecule undergoing one-dimensional-diffusion.
(c) Fluorescence intensities corresponding to each of the four excitation polarization directions for the
trajectory molecule shown in (b). (d) Calculated projected angle α of the molecule (three frames-set running
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7. The mean projected angleΦ of the fluorophore in theXY plane
and the order r factor is calculated form LD1 and LD2 as
(Eqs. 5, 6, 7 from [20]):

r ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

LD1
2 þ LD2

2
p

cos 2 Φð Þ ¼ 1

2
1� LD1

r

� �

cos 2 Φ� 45ð Þ ¼ 1

2
1� LD2

r

� �

8

>

>

>

>

>

>

<

>

>

>

>

>

>

:

ð2Þ

The order r factor depends on Γ and θ according to the
following expression derived from [19]:

r Γ; θð Þ ¼ 3sin 2 θð Þ
1þ 4

cos Γð Þþcos 2 Γð Þ � 3cos 2 θð Þ ð3Þ

The r factor strongly depends on Γ, the mobility cone
semi-angle (Fig. 3d) and therefore gives an indication of the
probe mobility going from zero for fully mobile probes to 1 for
perfectly localized ones.

The projected angle relative to the microtubule axis α is
calculated as:

α ¼ Φ� ω ð4Þ

From the distribution of α values of many kinesin mole-
cules the axial angle β of the probes with the microtubule axis
can be inferred (Fig. 3c).

8. The resulting simultaneous recording of fluorophore orienta-
tion, mobility and position obtained by smFPM can then be
used to obtain structural and functional insights into the mole-
cule of interest. For example using this method we were able to
determine that the two motor domains of kinesin-1 alternate
between a disordered and a well oriented configuration as the
molecule walks processively along microtubules at limiting
ATP concentrations [12]. We also observed a correlation
between the angular orientation of the kinesin-13
motor domain and its ability to diffuse along the microtubule
lattice [13].

�

Fig. 4 (continued) average). The median α value during each of the two movement phases is indicated by the
magenta dashed lines. (e) Calculated order r factor (three frames-set running average). The median r value
during each of the two movement phases is indicated by the dashed lines. The traces show changes in angular
mobility (rapid changes in orientation of the kinesin motor domain to which the BSR probe is attached) that
correlate to whether the molecule is undergoing one-dimensional-diffusion or being stationary
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3.7.2 Analysis of

Fluorescence Polarization

of Microtubule Covered by

an Ensemble of Kinesins

1. We usually collect ensemble FPM data before smFPM experi-
ments as they: (a) can serve to check if the labeling strategy
worked (seeNote 7) and (b) provide data complimentary to the
smFPM data (seeNote 11). Ensemble FPM data is collected in
a similar way that the smFPM data but the kinesin concentra-
tion used in the experiments is higher (typically around
100–200 nM) and the larger fluorescence intensity produced
by the ensemble allows the use of lower laser excitation
(typically 0.02–0.2 kW/cm2).

2. Collect digital movies of microtubules decorated with
fluorescently labeled proteins randomly oriented in the (X,Y)
plane.

3. From the digital movies measure the average intensity of the
microtubule area (MTa) and an adjacent area (BKGa) to esti-
mate the fluorescence intensity (I) of the microtubule over the
background (I ¼ IMTa � IBKGa) for each of the four excitation
polarization excitations used. From the four fluorescent inten-
sities calculate the LDs values as done with the smFPM data
(This is all done automatically in FRVIEW by selecting a region
of interest on the microtubule, another in an adjacent area and
given the time period to average intensities).

4. Estimate the LD0 value. LD0 is equal to the LD1 of microtu-
bules oriented with their axes oriented parallel to the X axis
(ω ¼ 0�) and is estimated from the LD1 values of many ran-
domly oriented microtubules by non-linear fitting the data to
the equation [19]:

LD1 ¼ LD0 cos 2ωð Þ ð5Þ

For a distribution of fluorophores with cylindrical symme-
try (such as the one produced by microtubules decorated with
many labeled kinesin molecules) the LD0 is related to axial
angle of the fluorophores with the microtubule axis β and
their mobility semi cone angle Γ by the following equation
[19]:

LD0 ¼ �3

1þ 8= 3cos 2 βð Þ � 1ð Þ cos Γð Þ þ cos 2 Γð Þð Þ½ � ð6Þ

For a distribution of probes close to perpendicular or par-
allel to the microtubule axis (β close to 90� or 0� respectively)
LD0 is strongly dependent on the mobility cone semi-angle Γ,
going from zero for fully mobile probes (Γ ¼ 90�) to 1 or �1
respectively for fully localized ones (Γ ¼ 0�) (Fig. 3e).
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4 Notes

1. We use PIPES from Sigma (PIPES dipotassium salt, P7643),
which produces less autofluorescence than other PIPES we
have used.

2. To increase kinesin-microtubule binding we usually use a lower
ionic strength buffer (BRB12 vs. BRB80). Experiments per-
formed with BRB12 also have less background fluorescence
(autofluorescence).

3. A higher pH than the regular BRB80 (7.4 vs. 6.8) buffer
improves the labeling yield.

4. To avoid autofluorescence we use high purity BSA (Sigma
#A0281, fatty acid and globulin free). In addition we spin the
BSA stock solution (220,000 � g, 15 min) to precipitate and
eliminate impurities. After centrifugation, the supernatant is
taken and the small black precipitate that usually forms is
discarded.

5. The nucleotide to be included in the imaging solution depends
on the experiment to be performed. Other nucleotide analo-
gues conditions we have used are presence of ADP + AlF4

�

(made from 100 mM ADP, 198 mM AlCl and 1 M KF) and
absence of nucleotides (by including the enzyme apyrase to
hydrolyze any ATP and ADP present in the solution).

6. For experiments with the BR-I2 probe a step-wise addition of
the fluorophore at room temperature (addition of four equal
amounts of probe every 30 min to a final 2:1 probe:protein
ratio) has been used [17].

7. If possible, the location of the target cysteines should be chosen
such that the direction of the probe dipole will be near parallel
or perpendicular to the microtubule axis in some standard
condition (e.g. when a labeled motor domain is strongly
bound to the microtubule). In these conditions, successful
labeling and cross-linking with the probe can be verified by
the expected signed anisotropy values obtained in ensemble
FPM measurements (see Subheading 3.7.2). If the labeling
location on the kinesin protein is such that the probe would
be near perpendicular (β ¼ 90�) or parallel (β ¼ 0�) to the
microtubule axis then verification that they produce the
expected LD0 in the given conditions is strong confirmation
that the probe is cross linked to the protein as expected (i.e.
LD0 values near 1 or �1 respectively for perpendicular or
parallel oriented probes). Lack of anisotropy (LD0 ~ 0) in
these conditions suggests highly mobile probes, either because
the protein does not bind to the microtubules as expected or
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the bifunctional probe is not properly attached to the protein
(single rather than double attachment).

8. An alternative way to prepare the sample (steps 2–6) is to pre-
incubate microtubules and kinesin together in the imaging
solution and flow the mix into the flow chamber.

9. Focusing and finding microtubules to image can be difficult at
low kinesin concentrations given that we usually use unlabeled
microtubules. To avoid this problem, it is recommended to
have the focus position of the microscope pre-determined
before placing the experimental chamber in the microscope
stage. This can be done by focusing a cover slip with the surface
marked by lines made with a red sharpie magic marker (they
conveniently fluoresce when illuminated with the laser light). If
kinesin decorated microtubules are still not found, this may
indicate a problem with the microtubules (e.g. low concentra-
tion of polymer) or the kinesin preparation. This can be quickly
ruled out by doing an experiment with a labeled prep known to
bind well to microtubules and using a higher kinesin concen-
tration. It is also advisable to start any imaging session with a
high kinesin concentration (appropriate to ensemble imaging)
and then lower the concentration as needed to resolve single
molecules.

10. All custom software programs referenced in the manuscript are
available for academic use upon request to the authors.

11. The ensemble polarization data provides anisotropy LD0 values
that depend on the axial angle (β) of the probes with the
microtubule axis and the probe mobility (expressed as the
mobility cone angle Γ). The ensemble LD0 values must be
consistent with the angles and mobility values derived from
the distribution of many smFPM measurements obtained in
similar conditions.
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Chapter 12

Single Molecule FRET Analysis of DNA Binding Proteins

Kathy R. Chaurasiya and Remus T. Dame

Abstract

The complex binding dynamics between DNA and proteins are often obscured by ensemble averaging
effects in conventional biochemical experiments. Single-molecule fluorescence methods are powerful tools
to investigate DNA–protein interaction dynamics in real time. In this chapter, we focus on using single-
molecule Förster Resonance Energy Transfer (smFRET) to probe the binding dynamics of individual
proteins on single DNAmolecules. We provide a detailed discussion of total internal reflection fluorescence
(TIRF) instrument design, nucleic acid labeling with fluorophores, flow cell surface passivation, and data
analysis methods.

Key words Single molecule, FRET, TIRF, Nucleic acid–protein interaction, DNA binding protein,
PEG surface passivation

1 Introduction

Single-molecule spectroscopy has contributed significant insights
into the complex dynamics of a wide range of biological systems,
including DNA [1–3] and RNA polymerases [4–7], helicases
[8–11], DNA binding proteins [12–16], and molecular motors
[17–19]. These methods readily allow quantitative characterization
of kinetic intermediates and heterogeneous populations that may
be obscured by ensemble averaging effects in conventional bio-
chemical experiments.

Single-molecule fluorescence imaging is a particularly useful
tool to observe important biological processes in real time. Com-
mon fluorescence illumination methods include confocal scanning,
epifluorescence, and total internal reflection (TIR). In TIR micros-
copy, the laser beam penetrates a surface–solution interface at a
greater angle of incidence than the critical angle θc:

θc ¼ sin �1 n1

n2

� �
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where n1 and n2 are the refractive index of the solution and
surface, respectively [20]. This generates an evanescent wave with
intensity I that penetrates the solution as a function of distance z:

I zð Þ ¼ I 0e
�z
d

where I0 is initial intensity and d is the decay constant [21]. The
penetration depth is approximately 100 nm from the surface. TIRF
is therefore used to excite fluorophores near the surface–solution
interface, which is an illumination method well-suited for single-
molecule Förster Resonance Energy Transfer (smFRET).

FRET occurs when energy is transferred from a donor fluoro-
phore to an acceptor fluorophore through dipole–dipole interac-
tions [22]. The FRET pair shares spectral overlap such that donor
emission overlaps with acceptor excitation. The energy transfer
efficiency E is:

E ¼ 1

1þ R
R0

� �6

whereR is the distance between the two fluorophores andR0 is
the characteristic distance at which half of the energy is transferred
[23]. This strong distance dependence allows sensitive measure-
ments on the molecular scale, in the range of 2–10 nm [24], which
makes FRET a powerful tool for characterizing the structure and
dynamics of individual molecules in solution.

In smFRET experiments involving nucleic acids and nucleic-
acid-binding proteins, fluorophore-labeled nucleic acids and pro-
teins can be immobilized on a surface, extending imaging lifetimes.
The fluorophores are excited by an evanescent wave generated by
TIRF at the surface–sample interface. This combined approach has
the key advantage of constraining fluorescence excitation to mole-
cules within 100 nm of the surface, sharply reducing background
from untethered molecules further in solution. Here, we discuss
smFRET with TIRF excitation as a method to study DNA–protein
interactions in real time. We present protocols for TIRF instrument
design, nucleic acid labeling, surface passivation, sample immobili-
zation, data acquisition, and data analysis.

2 Materials

2.1 TIRF Instrument TIRF instruments are commonly designed using either a prism or a
microscope objective, and each method has its advantages (seeNote
1). Here, we describe an objective-based TIRF instrument with
fiber-coupled lasers.
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1. Green laser (532 nm, diode-pumped solid state, 80 mW, fiber-
coupled, Coherent; see Note 2).

2. Red laser (640 nm, diode, 75 mW, fiber-coupled, Coherent; see
Note 3).

3. Beam combiner (singlemode fiber output, Coherent; seeNote 4).

4. Two lenses for beam expansion (plano-convex, Thorlabs; see
Subheading 3.1, step 2).

5. Lens to converge beam (plano-convex, 5 cm diameter,
350–400 mm focal length, Thorlabs).

6. Mirror (broadband dielectric, 5 cm diameter, Thorlabs).

7. Translation stage (4 cm range, Thorlabs).

8. Microscope frame (inverted, Nikon).

9. Dichroic mirror (longpass, 550 nm, Chroma).

10. Dichroic mirror (longpass, 655 nm, Chroma).

11. Objective lens (air, 40�, Nikon; optional, see Subheading 3.1,
step 7).

12. Objective lens (for TIRF, 1.4 NA, oil immersion, 100�,
Nikon).

13. Immersion oil (refractive index 1.5).

14. Dichroic mirror (longpass, 610 nm, Chroma).

15. Emission image splitter (Optosplit II, Cairn; see Note 5).

16. Electron-multiplying charge-coupled device (EMCCD) cam-
era (iXon Ultra, Andor; see Note 6).

17. Bandpass filter (680/20 nm, Semrock).

2.2 DNA Construct

Labeling

Nucleic acid oligonucleotides are biotin-modified at either termi-
nus for surface immobilization, with amino-modified C6-dT
nucleotides incorporated for fluorophore labeling. Here, we
describe labeling and purification methods for synthetic, commer-
cially available nucleic acid oligonucleotides.

2.2.1 Reverse-Phase

High-Performance Liquid

Chromatography (HPLC)

1. Nucleic acid oligonucleotides (biotin-modified, with amino-
modified C6-dT at desired label position, desalted, 1 nmol,
dry, Invitrogen).

2. Triethylammonium acetate (TEAA) buffer: 15 mM trimethy-
lamine, 5% acetonitrile, pH 7.0. Adjust pH with glacial acetic
acid (HPLC grade).

3. Acetonitrile (HPLC grade).

4. DNA storage buffer: 10 mM Tris–HCl, pH 8.0.

5. Vacuum concentrator (DNA SpeedVac, Thermo Scientific).
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2.2.2 Fluorophore

Labeling

1. Cy3, Cy5 (N-hydroxysuccinimide (NHS) ester form, 20 nmol,
Amersham CyDye Mono-Reactive NHS Ester, GE Healthcare
Life Sciences).

2. Dimethyl sulfoxide (DMSO).

3. Labeling buffer: 0.1 M sodium tetraborate, pH 8.5, �20 �C
(see Note 8).

4. Thermomixer (Thermomixer Comfort, Eppendorf).

2.2.3 Ethanol

Precipitation

1. 3 M sodium acetate.

2. 100 mM dNTPs.

3. Ethanol.

2.3 Sample Chamber

Preparation

There are a number of slide cleaning and surface modification
methods to minimize background fluorescence [25–27]. Here,
we describe surface passivation with polyethylene glycol (PEG; see
Note 7).

2.3.1 Slide Assembly 1. Drill with diamond bit (Dremel 3000, Dremel).

2. Glass microscope slides (76 � 26 mm, Thermo Scientific).

3. Glass coverslips (24 � 24 mm, Thermo Scientific).

4. Double-sided tape (Scotch).

5. Epoxy (Devcon).

2.3.2 Slide Cleaning 1. Double distilled water (ddH2O).

2. Razor blades.

3. Powder detergent (Alconox, VWR).

4. Ethanol (200 proof).

5. Basic piranha solution: 150 mL ddH2O, 30 mL 30% H2O2,
30 mL NH4OH (ACS grade).

6. Beaker (250 mL).

7. Magnetic stir plate and stir bar (1.6 cm; see Note 8).

8. Tweezers (see Note 9).

9. Bunsen burner.

10. Slide rack (Micro Slide Staining Rack, VWR).

11. Coplin staining jars (Wheaton Scientific).

12. Sonicator.

13. 1 M KOH.

14. Methanol (ACS grade).
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2.3.3 Aminosilanization 1. Aminosilanization solution: 100 mL methanol, 5 mL glacial
acetic acid (ACS grade), 1 mL 3-aminopropyltriethoxysilane
(Vectabond, Vector Laboratories; see Note 10).

2. Nitrogen gas.

3. PEGylation chambers (see Note 11).

2.3.4 PEGylation 1. PEGylation buffer: 84 mg NaHCO3 dissolved in 10 mL
ddH2O, syringe-filtered (0.2 μm membrane; see Note 12).

2. PEGylation reaction solution: 7 mg biotinylated PEG succini-
midyl carboxymethyl (Bio-PEG-SCM,MW3400, Laysan Bio),
80 mg methoxy PEG SCM (mPEG-SCM, MW 5000, Laysan
Bio), 380 μL bicarbonate PEGylation buffer (see Notes 13
and 14).

2.4 Sample

Immobilization

Nucleic acids and proteins can be tethered to the surface in a variety
of ways, which lends flexibility to the design of in vitro FRET
experiments. Here, we describe DNA construct immobilization
through a biotin–streptavidin linkage (see Note 15).

1. DNA (biotin- and fluorophore-labeled, see Subheadings 2.2
and 3.2).

2. Annealing buffer: 50 mM MOPS, pH 7.4, 5 mM MgCl2,
60 mM NaCl, 2 mM Trolox. (This buffer is for dsDNA con-
structs; see Note 16.)

3. Dry block heater (Grant Instruments).

4. T50 buffer: 50 mM Tris–HCl, pH 7.0, 50 mM NaCl.

5. Bovine serum albumin (BSA) solution: 0.2 mg/mL BSA in
T50 buffer. (To use BSA for surface passivation in experiments
without PEG, see Note 17).

6. Streptavidin solution: 1 mg/mL streptavidin in T50 buffer.

7. Experimental buffer: 40 mM Tris–HCl, pH 7.9, 5 mMMgCl2,
60 mM NaCl, 0.2 mg/mL BSA, 2 mM 6-hydroxy-2,5,7,8-
tetramethylchroman-2-carboxylic acid (Trolox; see Note 18),
2.5 mM 3,4-dihydroxybenzoic acid (PCA), 250 nM protoca-
techuate dioxygenase (PCD; see Note 19), up to 20 nM pro-
tein (see Note 20).

2.5 Data Acquisition

and Analysis

Data is acquired with LabView, using a custom data acquisition
(DAQ) card for the EMCCD. Fluorescent beads are used to match
donor and acceptor signals using IDL, and single-molecule traces
are analyzed using Matlab.

1. Fluorescent beads (FluoSpheres Carboxylate-Modified Micro-
spheres, 0.2 μm, Red (580/605)).

2. 1 M MgCl2.
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3. LabView (National Instruments).

4. IDL (Harris).

5. Matlab (MathWorks).

3 Methods

3.1 TIRF Instrument 1. Mount the fiber-coupled lasers (see Note 21) and plug them
into the beam combiner (Fig. 1).

2. Expand the beam output from the single mode fiber so that it is
approximately 20 mm in diameter (see Note 22). Ensure that
the beam is well-collimated.

3. Mount the mirror on a translation stage, and place it behind the
microscope frame so that beam path enters the back port.

4. Insert the 550 nm and 655 nm longpass dichroic mirrors (for
the green and red lasers, respectively) in separate, labeled cubes
inside the filter turret. Begin with the 550 nm dichroic mirror
first, so that the green laser beam enters perpendicular to the
plane of the objective.

5. Converge the beam by placing the lens one focal length
(350–400 mm) away from the objective.

6. Insert the beam target in one of the empty spaces in the
objective turret. The beam should be clearly visible on the
ceiling. If the beam is clipped, correct the beam path with the
mirror on the translation stage (see Note 23).

7. Establish epifluorescence with the 40� objective to check the
beam’s alignment (optional, seeNote 24). The beam will form
a concentric ring pattern on the ceiling. If this pattern is angled
or elongated, use the mirror to adjust the beam position lat-
erally and horizontally so that the beam enters the objective at
the correct angle of incidence.

8. Move the lens longitudinally along the beam path, minimizing
the diameter of this concentric pattern. This precisely focuses
the beam on the back focal plane of the objective so that the
beam emerges collimated.

9. Insert the 100� TIRF objective and re-establish epifluores-
cence. This involves a small adjustment of the lens in order to
focus the beam on the back focal plane of this particular objec-
tive (see step 8).

10. Establish TIRF by adjusting the lateral position of the beam
with the mirror. As the beam moves towards the edge of
entrance pupil of the objective, the illuminated pattern on the
ceiling slides down the wall and disappears. Adjust the beam to
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Fig. 1 Schematic representation of an objective-based TIRF instrument. Individual fiber-coupled lasers are
combined and coupled into a single excitation beam, which is expanded with a set of lenses (L). The
collimated beam is focused on the back focal plane of the objective with a lens, and steered with a mirror
(M). A dichroic mirror (DM) directs the excitation beam into the objective. The beam enters at the edge of the
objective, and TIR occurs at the glass–water interface, generating an evanescent wave to excite the molecules
immobilized on the surface. The emission beam travels through objective, and the dichroic mirror (DM) directs
it into the beam splitter (BS), where the donor and acceptor signals are separated and detected by a back-
illuminated EMCCD camera
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a position just before the vanishing point, so that it propagates
along the outer edge of the objective.

11. Mount a fluorescent bead slide (see Subheading 3.5, step 1)
above the objective, careful to ensure that the coverslip surface
is in contact with the immersion oil. The beam will no longer
be visible on the wall, due to total internal reflection at the
interface between the coverslip and the sample chamber.

12. Direct the fluorescence signal through the eyepiece, adjusting
the objective height to bring the beads into focus.

13. Insert the 610 nm longpass dichroic mirror in the image split-
ter. Install the image splitter on a side port of the microscope
frame.

14. Install the EMCCD on the image splitter, careful to ensure that
the unit is at the same height as the side port in order to avoid
geometric aberration.

15. Direct the fluorescence signal through a side port. Adjust the
mirror to achieve a uniform field of illumination. Align the
short (donor) and long (acceptor) wavelength images on the
left and right, respectively.

16. Adjust the lateral position of the beam with the mirror to
visually optimize the signal-to-background ratio of the beads
using the image on the EMCCD.

17. Remove the beads slide and mount a slide with Cy3-labeled
DNA molecules (see Subheadings 3.3 and 3.4). Adjust the
lateral position of the beam until Cy3 molecules suddenly
become brighter as the background simultaneously sharply
decreases (see Note 25).

18. Remove the Cy3-only slide and mount a slide with both Cy3-
and Cy5-labeled DNA molecules. The donor and acceptor
signals should be well-separated, with minimal cross-talk (see
Note 26). If significant leakage of the donor signal into the
acceptor channel is observed, insert the 680/20 nm bandpass
filter into the long wavelength slot of the image splitter.

19. To confirm the presence of the acceptor, switch to the 655 nm
dichroic mirror in the filter turret and use the red laser to excite
Cy5 directly.

3.2 DNA Construct

Labeling

The distance sensitivity of FRET requires relatively short nucleic
acid oligonucleotides, typically up to 100 bp in length. Such short
constructs are commercially available with a number of convenient
modifications, such as biotinylation at the terminus for surface
immobilization and amino-modification of C6-dT nucleotides
incorporated for fluorophore labeling. Here, we describe HPLC
analysis to check the purity of synthetic DNA (see Note 27), fol-
lowed by a detailed discussion of DNA labeling and purification.
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3.2.1 HPLC Analysis 1. Dissolve DNA pellet in 50–100 μL DNA ddH2O, varying the
volume depending upon reported concentration of the syn-
thetically prepared DNA.

2. Add to an Eppendorf tube, for 100 μL total: (a) 2 μL DNA
oligonucleotides, and (b) 98 μL TEAA HPLC buffer.

3. Confirm DNA purity with reverse-phase HPLC on an analyti-
cal C18 column. If synthesis products are detected, purify the
whole DNA sample before proceeding with the labeling reac-
tion (see Note 28).

3.2.2 Fluorophore

Labeling

1. Add 14 μL DMSO directly to Cy5 tube. Vortex and centrifuge
to mix the solution well. Use 7 μL for each labeling reaction (see
Note 29).

2. Add to a 1.5 mL Eppendorf tube, for a total of 100 μL: (a)
25 μL purified DNA, (b) 10 μL 0.1 M Na2CO3, pH 8.5,
�20 �C, (c) 7 μL Cy5 with DMSO, and (d) 58 μL ddH2O.

3. Vortex, and then centrifuge quickly to collect any droplets into
the solution. Cover with aluminum foil to protect the dye from
photobleaching. Shake gently overnight on the Thermomixer
Comfort at 27 �C, 500 rpm.

3.2.3 Ethanol

Precipitation

1. Add to each Eppendorf tube, for a total of 360 μL: (a) 10 μL
(1/10th volume) 3MNaOAc, (b) 0.5 μL 100mM dNTPs (for
a final concentration of 140 μM, see Note 30), and (c) 250 μL
(2–2.5� volume) 100% ethanol.

2. Shake well and store at �20 �C overnight or �80 �C for 4 h.

3. Centrifuge the sample for 30 min at 4 �C, 19,000 � g.

4. Pour off the brightly colored supernatant. This is excess dye,
which does not precipitate with the DNA.

5. Add 500 μL 70% ethanol and centrifuge for 15 min at 4 �C,
19,000 � g.

6. Repeat steps 4 and 5 (see Note 31).

7. Pour off supernatant and vacuum-dry the DNA. A colored
pellet will be clearly visible at the bottom of the tube.

8. Dissolve the DNA in 100 μL TEAA HPLC buffer for separa-
tion of labeled and unlabeled fractions (see Note 32).

3.2.4 HPLC Purification 1. Add to an Eppendorf tube, for 100 μL total: 5 μL DNA
oligonucleotides (seeNote 33) and 98 μL TEAAHPLC buffer.

2. Run analytical HPLC to determine approximate positions of
unlabeled and labeled DNA peaks.

3. Modify the preparation method as necessary to separate peaks
and collect fractions.

4. Vacuum-dry the appropriate fractions (see Note 34).

5. Resuspend labeled and unlabeled DNA in 25 μL DNA storage
buffer. Store at 4 �C.
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3.3 Sample Chamber

Preparation

Sample chambers are prepared using microscope slides with pre-
drilled holes for the purpose of creating a flow channel. Here, we
describe how to clean the slides and coverslips in order to remove
impurities that contribute to background fluorescence. Then, we
describe amino functionalization of the slide surface in order to
coat it with NHS ester-labeled linear PEG, which minimizes non-
specific protein interactions (Fig. 2) [25]. Finally, we provide a
detailed protocol for sample chamber assembly and storage.

3.3.1 Slide Cleaning 1. Prism-based TIRF methods require the use of expensive quartz
slides that can be reused. In this case, boil previously used slides
in ddH2O for 30–40 min. Remove the coverslip and any debris
from previous applications using a razor blade. In the case of
new slides, omit this step.

2. For new slides, drill holes with a diamond drill bit while the
microscope slides are submerged in water.

3. Clean slides using a 1:1 mixture of Alconox and ddH2O. The
slide surface should be scrubbed vigorously with this paste (see
Note 35). Rinse slides thoroughly with distilled water to
remove any remaining soap (see Note 36).

Amine-modified glass

PEG S B
DNA

F

Fig. 2 Schematic representation of sample immobilization. The glass coverslip is amine-modified, and the
NHS-ester form of mPEG and biotin-PEG are covalently conjugated to the surface. Streptavidin (S, squares)
specifically binds to a fraction of the biotin (B, circles). DNA molecules labeled with a fluorophore (F) are then
tethered to the surface via a biotin–streptavidin linkage
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4. Scrub and rinse slides twice with ethanol and ddH2O on both
sides for 1–2 min each.

5. Boil slides for 40 min in freshly prepared basic piranha solution
in order to regenerate the slide surface. Use a 250 mL beaker
for five slides, which allows sufficient room so that the slides do
not touch each other (see Note 37). Ensure the PEGylation
surface faces the solution and both drilled holes are submerged.

6. Carefully remove the slide with tweezers, and rinse thoroughly
with ddH2O. Flame slide on both sides with a Bunsen burner
to pyrolyse organic residues on the surface. Ensure that the
PEGylation surface is well-sterilized. Place hot slide on the slide
rack, with the PEGylation surface facing up. Repeat for remain-
ing slides.

7. Place five slides and five coverslips into two clean, dry Coplin
jars, ensuring that the PEGylation surface faces towards the
solution at both ends.

8. Fill the jars with 1 M KOH and sonicate for 30 min to remove
any remaining debris.

9. Rinse slides with ddH2O (see Note 38).

10. Rinse with methanol.

11. Fill the jars with methanol and sonicate for 30 min.

3.3.2 Aminosilanization 1. Rinse a clean 200 mL beaker with methanol. Prepare the
aminosilanization solution with Vectabond equilibrated to
room temperature (see Note 10).

2. Mix the solution with the pipette tip, and fill the Coplin jars
with it, ensuring that all slide surfaces are submerged. (a)
Incubate for 10 min, (b) sonicate for 2 min, and (c) incubate
for 10 min.

3. Decant aminopropylsilane solution into the waste container,
then rinse the slides with (a) methanol, (b) ddH2O, and (c)
methanol.

4. Dry slides and coverslips with nitrogen (see Note 39). Place
dried slides in PEGylation chambers, prepared with a 1 cm layer
of distilled water in the bottom to create a humid environment.
(This prevents the coverslips from sticking to the slides as they
incubate overnight, as described in step 5 of Subheading
3.3.3). Place coverslips in a box lined with a clean paper
towel. Ensure that the PEGylation surface is always facing
upwards.

3.3.3 PEGylation 1. Prepare the PEGylation buffer and use it to prepare the PEGy-
lation reaction solution. Vortex the solution to dissolve the
PEG, then centrifuge briefly to remove any bubbles.
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2. Place 80 μL of the PEGylation reaction solution onto the
surface of each slide (see Note 40).

3. Gently place coverslips onto the slides with tweezers, ensuring
there are no bubbles trapped underneath coverslip (seeNote 41).

4. Use a marker to mark the PEGylated surface of the slide and
the non-PEGylated surface of the coverslip in the lower right
corner.

5. Close the PEGylation chambers and incubate them overnight
at room temperature in the dark.

3.3.4 Slide Assembly 1. Rinse slides and coverslips gently with ddH2O and dry with
nitrogen (seeNote 42). Place slides on the slide tray and cover-
slips in a box lined with a clean paper towel.

2. Apply double-sided sticky tape to create a straight, 4 mm wide
channel on either side of the holes. Apply a second layer of tape
on top of the first one to make the channel depth approximately
100 μm (Fig. 3a).

3. Deposit a coverslip on the top of the sticky layer with caution so
that both holes are covered on either side. Gently press the
coverslip on the sticky tape to ensure proper adhesion.

4. Remove any excess tape around the coverslip using a razor
blade (see Note about technique).

5. Dispense epoxy into a small weigh boat, mix with a 200 μL
pipette tip and wait 1–2 min for glue to thicken. Use the
pipette tip to apply the epoxy, sealing the gap between the
coverslip and the tape. The glue will spread upon application,
so be careful not to use so much glue that it seals the holes.

6. Cover and allow glue to dry for 10 min.

7. Place sample chambers in 50 mL tubes filled with nitrogen gas.
Store in the dark for 1–2 weeks.

3.4 Sample

Immobilization

Approximately 8% of PEG molecules used for surface passivation
are labeled with biotin in order to enable immobilization of DNA

Glass slide Glass slide

a b

Tape
Tape

Coverslip Coverslip

o

o

Fig. 3 Schematic diagram of sample chambers for (a) single-molecule experiments and (b) fluorescent bead
calibration. Flow channels are formed with two layers of double-sided tape (gray), and the chamber is sealed
with epoxy applied between the slide and coverslip

228 Kathy R. Chaurasiya and Remus T. Dame



molecules through a biotin–streptavidin linkage. Here, we describe
sample preparation procedures for imaging single DNA molecules
on the coverslip surface.

1. Add to an Eppendorf tube, for 10 μL total: (a) 1 μL of 10 μM
biotinylated DNA, (b) 2 μL of 10 μM non-biotinylated DNA,
and (c) 7 μL annealing buffer (see Note 43).

Gently flick to mix, and briefly centrifuge to collect the liquid.
Wrap the tube in aluminum foil to protect the fluorophores and
heat on a dry block heater at 90 �C for 45 s. Remove the block
and allow it to slowly cool the sample to room temperature.

2. In two serial dilutions, prepare a 200 μL solution of the DNA
in annealing buffer, for a final concentration of 25–50 pM.
Store both solutions on ice and protect them from ambient
light to minimize photobleaching.

3. Cut a 200 μL pipette tip to fit exactly inside one of the holes
that form the channel in the slide. Inject 85 μL BSA solution
(seeNote 44) and incubate for 10 min at room temperature (see
Note 45).

4. Inject 200 μL T50 buffer to wash out excess BSA.

5. Inject 200 μL streptavidin solution and incubate for 10 min (see
Note 46).

6. Inject 200 μL annealing buffer to wash out excess streptavidin.

7. Inject 200 μL of the final DNA dilution (25–50 pM DNA, see
step 2) and incubate for 10 min (see Note 47).

8. Inject 200 μL experimental buffer to wash out excess DNA.

9. Inject 200 μL of the final imaging solution in experimental
buffer (see Note 48).

3.5 Data Acquisition

and Analysis

To accommodate minor optical alignment issues, the position of
the donor and acceptor signal on the image splitter is matched
using a fluorescent bead reference. Here, we describe this calibra-
tion procedure, and briefly discuss data analysis methods.

1. Prepare a calibration sample chamber using a clean glass slide,
without pre-drilled holes, by applying double-sided sticky tape
across the top and bottom of the slide. Apply a second layer of
tape on top of the first one to make the channel depth approxi-
mately 100 μm (Fig. 3b).

2. Deposit a coverslip on the top of the sticky layer. Gently press
the coverslip on the sticky tape to ensure proper adhesion.

3. Remove any excess tape around the coverslip using a razor blade.

4. Make a 500-fold dilution of the fluorescent beads in ddH2O.
Use a 200 μL pipette tip to inject the bead solution into the
square sample chamber. Incubate for 10 min.
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5. Wash out excess beads with 1 M MgCl2. Incubate for 10 min.

6. Dispense epoxy into a small weigh boat, mix with a 200 μL
pipette tip and wait 1–2 min for glue to thicken. Use the
pipette tip to apply the epoxy around the coverslip, sealing
the sample chamber closed.

7. Cover and allow glue to dry for 10 min. The sealed slide will
last 1–2 months.

8. Mount the calibration slide on the microscope. The fluorescent
beads will be clearly visible through the eyepiece. Adjust the
objective position to bring them into sharp focus (seeNote 49).

9. Direct the beam through the side port. Two mirror images will
be visible on the camera. Adjust the mirror to achieve roughly
uniform illumination across the field of view. Record a short
calibration movie (approximately 1000 frames is sufficient).

10. Remove the beads slide and mount the DNA sample on the
microscope, careful to ensure that the coverslip faces the
immersion oil. Single molecules will be visible on the camera.
Bring them into focus with minor adjustments to the objective
position.

11. Movies are typically recorded from different areas of the sample
chamber on the scale of minutes to hours, depending upon
experimental design (see Note 50). Record the laser power
after each movie (see Note 51).

12. Glass slides may be discarded after use. Expensive quartz slides
required for prism-based TIRF may be cleaned and reused (see
Subheading 3.3.1, step 1 and Note 52).

13. Using a custom script written in IDL (available upon request),
select three beads from the calibration movie to obtain a poly-
nomial map of the overlay between donor and acceptor image
(see Note 53).

14. For each single-molecule movie, use the IDL script to extract
the intensity over time for each spot. The IDL script uses an
optimized threshold to identify molecules, which are individu-
ally confirmed with manual analysis.

15. Analyze individual traces using a script written in MatLab
(available upon request). A single molecule is identified by
single-step photobleaching of the dye. The script calculates
the apparent FRET efficiency:

FRET ¼ IA
ID þ IAð Þ

where and ID is the donor intensity and IA is the cross-talk
corrected acceptor intensity (see Notes 54–56).
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16. FRET traces can be used to build FRET histograms for a
range of solution conditions (see Note 57). The kinetics of a
two-state system can be extracted with dwell-time analysis (see
Note 58). It is often useful to synchronize molecules to an
initial binding event to quantify the distribution of FRET
states over time (see Note 59). In the case of a multiple-
state system, more advanced analysis tools, such as hidden
Markov modelling (HaMMy) may be helpful (see Note 60).

4 Notes

1. Although we describe an objective-based TIRF instrument, the
methods discussed here are also applicable for prism-based
TIRF. A prism-based instrument is simpler to build, align,
and maintain, and it easily accommodates flow-based experi-
ments. However, matching the index of refraction of the prism
to the imaging surface requires expensive quartz slides that
need to be thoroughly cleaned before reuse. Furthermore,
the sample chamber surface is covered with a prism in this
instrument design, making it difficult to accommodate sample
chambers commonly used for live cell imaging.

2. A number of lasers are typically used to achieve TIR, including
Nd:YAG solid state lasers (Coherent, Newport) or diode lasers
(Vortran).

3. A red laser is useful for direct excitation of the acceptor dye.
Diode lasers (Coherent, Vortran), diode-pumped solid state
lasers (Cobolt), and HeNe lasers (Melles Griot) are commonly
used for this purpose.

4. A beam combiner provides alignment stability, which is often a
priority in biological laboratories. We couple multiple lasers
into our single mode fiber, and recommend a long (2 m),
reinforced steel fiber for this purpose (Coherent, Cobolt).
However, it is common, and relatively straightforward, to use
dichroic mirrors to combine the excitation beams.

5. We use an emission image splitter (Cairn, Hamamatsu, Photo-
metrics) for alignment stability, since the dichroic mirror may
simply be exchanged between experiments with different dyes.
However, it is relatively straightforward to use dichroic mirrors
to split the emission beam.

6. Single-molecule experiments commonly use EMCCD cameras
for detection (Andor, Hamamatsu, Photometrics). Their
advantages include uniform amplification, low noise, and high
quantum yields achieved by back-thinning. Thermal noise is
reduced by cooling the chip, typically to �80 �C.
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7. Surface passivation is commonly performed with PEG, partic-
ularly for experiments involving fluorophore-labeled proteins
that contribute to high background signal when they collapse
on the imaging surface. However, it may be sufficient to use
BSA to passivate the surface for experiments without such
stringent requirements.

8. Magnetic stir bars should be sufficiently large for stability while
spinning in a 250 mL beaker, but sufficiently small not to
disturb glass slides standing along the edges.

9. Tweezers with wide, flat ends to grip the slide by one end are
preferred.

10. Store Vectabond sealed with nitrogen gas at 4 �C to avoid
oxidation. (It should be a colorless solution, and signs of
yellowing indicate oxidation.) Allow Vectabond to equilibrate
to room temperature for 30 min before use. Make aminosila-
nization solution immediately prior to use. Exchange air in the
Vectabond bottle with nitrogen gas, seal with parafilm, and
store at 4 �C.

11. PEGylation chambers can be made from old pipette tip boxes
by machining out a rectangular section in the plastic inserts to
hold five vertically arranged slides. Clean boxes thoroughly
with ddH2O before each use.

12. Make PEGylation buffer immediately prior to use.

13. Aliquot biotin-PEG and mPEG in 1.5 mL Eppendorf tubes,
and store at �20 �C. Allow aliquots to equilibrate to room
temperature for 30 min prior to use. Store unopened PEG
bottles wrapped in foil at �20 �C. For partially used bottles,
exchange air with nitrogen gas and seal with parafilm prior to
wrapping in foil and storing at �20 �C.

14. Make PEGylation reaction solution immediately prior to use.

15. Surface attachment may also be achieved using a biotin–neu-
travidin linkage, with little to no discernible differences in
immobilization efficiency.

16. If using an ssDNA construct with no dsDNA region, omit
annealing buffer and dilute DNA directly in experimental
buffer.

17. Molecules can also be immobilized in the absence of PEG,
using BSA for surface passivation (see Note 7) and molecule
immobilization. In this case, use a biotinylated BSA solution:
0.2 mg/mL BSA in T50 buffer. Aliquot biotin-BSA in 1.5 mL
Eppendorf tubes and store at 4 �C.

18. Trolox enhances fluorophore photostability, reducing blinking
and photobleaching. Store Trolox at 4 �C. Instead of ddH2O, a
saturated solution of Trolox may be used to prepare reagents
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for single-molecule experiments. To prepare the Trolox solu-
tion, dissolve 5 mg Trolox in 10 mL ddH2O. Shake at room
temperature for 30 min. Syringe filter the solution, and store at
4 �C for up to 2 weeks.

19. PCA/PCD is an oxygen scavenging system that decreases dis-
solved oxygen levels in the experimental buffer. This increases
fluorophore photostability, reducing blinking and photo-
bleaching. Aliquot PCA and PCD and store at �20 �C.

20. Single-molecule experiments are performed at low protein
concentrations, particularly in the case of labeled proteins, in
order to minimize background signal.

21. We use a power supply box (Coherent) to facilitate mounting
multiple fiber-coupled lasers.

22. A 2 mm output from a single mode fiber can be expanded to a
20 mm beam using lenses of 10 and 100 mm focal length.

23. If the beam is not visible on the ceiling, ensure the correct
dichroic mirror is in place in the filter turret. If so, reduce the
laser power, ensure appropriate safety goggles are in place, and
look directly down at the target to locate the beam. If a bright
spot is not visible, or partially visible, use the mirror to steer the
beam so that it enters the objective and a spot is clearly visible
in the middle of the target.

24. It may be tricky to go directly to working with the 100� TIRF
objective, where the concentric ring pattern is larger and more
difficult to visualize on the ceiling when the beam is not
focused on the back focal plane of the objective. We therefore
recommend beginning with the 40� objective to adjust the
lens position, but this step is optional.

25. Single molecules will be visible in epifluorescence mode, albeit
with a high background signal. Upon visual estimation, the
background may appear higher relative to the background in
the prism-based TIRF method. However, quantitative signal-
to-noise comparisons do not exhibit any appreciable
differences.

26. Cross-talk decreases FRET resolution, as donor signal is
observed in the acceptor channel and vice versa. The donor
signal is more likely to leak into the acceptor channel due to the
long wavelength tail of fluorescence emission spectra. Crosstalk
is therefore usually measured using the donor-only sample to
quantify the signal in the acceptor channel. This leakage will
typically be 5–10%, and should be no more than 15%. Inserting
bandpass emission filters reduces cross-talk, albeit at a small
cost to the overall signal. Cross-talk will vary for different sets
of dyes, and is therefore measured and corrected based on each
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experimental design (see Subheading 3.5, step 15 and Note
55).

27. Although we discuss DNA labeling, the methods described
here are applicable for nucleic acids in general, and therefore
include RNA.

28. To purify the commercially prepared DNA, vacuum-dry the
sample to obtain a pellet again, and dissolve it in 100 μL TEAA
HPLC buffer. Modify the HPLC collection method based on
the peaks in the initial analysis spectrum, and isolate the peak
representing the full synthesis product. Vacuum-dry the DNA
and dissolve the pellet in ddH2O.

29. Seal tube with remaining dye, cover with foil, and store at 4 �C.

30. The nucleotides increase the yield of labeled DNA in the
ethanol precipitation, and provide a clear reference peak for
HPLC analysis and purification.

31. Handle the tube carefully to avoid shaking the pellet loose. If
the solution is accidentally mixed in the process, repeat the
centrifugation step to reform the pellet.

32. For constructs with amino-modification of internal C6-dT
nucleotides, it may be helpful to repeat the fluorophore label-
ing reaction in order to achieve at least 80% labeling efficiency.
In this case, dissolve the DNA in 25 μL ddH2O and repeat
Subheadings 3.2.1–3.2.3.

33. The increase in DNA sample for HPLC analysis after labeling
accommodates for DNA loss during the purification steps in
ethanol precipitation.

34. Labeling efficiency is approximately 80%, which yields suffi-
cient DNA for single-molecule experiments. However, store
the purified, unlabeled fraction at �20 �C in case it becomes
useful for a future labeling reaction.

35. Quartz slides used in prism-based TIRF are brittle, and will
easily break with too much force. Clean them thoroughly, but
maintain a gentle grip.

36. To save time, use distilled water directly from the tap instead of
ddH2O from a squeeze bottle, for all but the final rinse.

37. First set up the stir bar to mix the solution at a stable rate. Then
add the slides one at a time, carefully leaning them against the
sides of the beaker. Ensure that their bottom edge is not in the
path of the stir bar, which can cause the slides to tip over into
one another and crack (see Note 8).

38. Cover the Coplin jar and use the lid to carefully decant the
solution into the waste beaker.

39. Affix a 1 mL pipette tip to the end of the nitrogen gas tube
coming from the regulator valve. Hold the slide by the bottom
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edge, angled towards you. Use your dominant hand to hold
the pipette near the top edge of the slide and use the force of
the gas to systematically slide the droplets towards the bottom
edge.

40. Hold the pipette tip just above the middle of the slide, careful
not to touch the surface. Dispense the solution onto the mid-
dle of the sample chamber, and watch it spread evenly over the
surface, forming a pool covering both holes. If the solution
begins to spread unevenly, due to small imperfections on the
surface or the slide sitting unevenly in the PEGylation cham-
ber, adjust your position over the slide to compensate. Pipette
slowly and steadily to avoid the formation of bubbles.

41. Grip the coverslip by the bottom edge, and gently place the top
edge onto the slide. Release the coverslip gradually in order to
minimize bubble formation. Any small bubbles that do form
will move towards the edge of the coverslip and escape. If large
bubbles form and do not move on their own, gently move the
coverslip around to encourage them towards the edges. An
even, bubble-free layer is necessary to coat both surfaces.
Wait 10 min to ensure that the coverslips do not move out of
position. If they do, use the tweezers to gently guide them back
into place.

42. Rinse slides and coverslips at the bench over a waste beaker. It
typically takes 2 L of ddH2O to rinse five slides and coverslips.

43. Use a twofold excess of the non-biotinylated strands to ensure
complex formation with the labeled strand. This yields an
annealed DNA complex concentration of approximately
1 μM in the 10 μL sample volume.

44. If using BSA for surface passivation and sample immobliliza-
tion (see Notes 7 and 17), inject biotin-labeled BSA instead.

45. Ensure that the pipette tip fits tightly inside the chosen hole, or
the solution will leak out instead of flowing through the sample
chamber. During injection, hold the slide vertically, solely with
the pipette tip, such that the injection hole is at the bottom of
the slide, and the solution flows upwards into the chamber.
Pipette slowly and carefully, so that injection takes at least 30 s.
It is crucial to avoid introducing bubbles into the sample
chamber.

46. It is important not to vortex the streptavidin to avoid damage
to the protein.

47. These incubation times are a guideline, but may be further
optimized for each construct. The surface density of the mole-
cules should be sufficiently high to conduct an efficient experi-
ment, but still allow image processing algorithms to establish a
separate ROI around each molecule. This limit is
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approximately 500 molecules per field of view, which is
512 � 512 pixels for the EMCCD chip discussed here (actual
area in μm2 depends upon magnification).

48. The buffer can be adjusted depending on the biological system
under investigation. For example, dNTPs may be added for
DNA polymerization experiments, or rNTPs added for tran-
scription experiments.

49. If the fluorescent beads are not easily visible through the eye-
piece by moving the vertical position of the 100� TIRF objec-
tive to bring them into focus, switch to the 40� objective to
roughly identify the correct objective position. The beads will
then be slightly out of focus with 100� objective, requiring
only minor adjustments to the objective position.

50. At 1 byte (8 bits) per pixel on a 512 � 512 EMCCD chip, a
2 min movie at 17 ms/frame occupies 1.72 Gigabytes (GB).
Longer integration times, such as those useful for observing
slower biological processes, yield smaller file sizes in addition to
decreasing the laser power required to achieve a good signal-
to-noise ratio (S/N). Image processing of movies significantly
reduces data volumes.

51. Use the lowest laser power necessary to achieve a good S/N in
order to minimize dye photobleaching.

52. Quartz slides last for approximately 50 uses, or 6 months. After
that, scratches, chips, or other surface imperfections appear.
Keep a dated record of the slide used for each experiment, and
discard slides that give a consistently high background.

53. Due to minor fluctuations in optical alignment, perform this
calibration on the day of the experiment. Do not reuse polyno-
mial maps generated on previous days, since even minor shifts
in image overlap will skew intensity profiles.

54. The apparent FRET efficiency reports upon relative fluores-
cence intensities for each molecule, which mitigates the effects
of non-uniform illumination across molecules. Molecules can
therefore be compared, both within and across samples, despite
minor variations in excitation intensity during data acquisition.

55. Themeasured intensities are generally corrected for cross-talk by
a factor α, which is the percent of the donor signal detected in
the acceptor channel. This is empirically measured from a donor-
only sample by determining the value of α where the acceptor
intensity is zero. The corrected acceptor intensity IA is therefore:

IA ¼ IA0 � αID0

where IA0 is the raw acceptor intensity and ID0 is the raw donor
intensity. It is possible, if not particularly widely practiced, to cor-
rect the donor intensity ID by adding the subtracted signal back:
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ID ¼ ID0 þ αID0:

Additional correction factors may also apply, such as a correc-
tion for acceptor signal observed in donor channel, or corrections
to compensate for small differences in the detection efficiencies and
quantum yields of the two fluorophores. In the case of the Cy3-Cy5
FRET pair discussed here, these additional corrections are negligi-
ble, such that the apparent FRET efficiency is effectively the abso-
lute FRET efficiency.

56. In principle, FRET values range between 0 and 1. However,
when the signal intensities are very small or large (at zero and
maximum FRET, respectively), the background noise
becomes relatively high, leading to correction effects (see
Note 55) that yield values slightly below 0 and slightly
above 1.

57. A FRET histogram is a collection of the average FRET effi-
ciency for N > 100 molecules. This analysis method can
identify the FRET value of a single state with a statistical
uncertainty of �0.1 FRET. To avoid sampling bias due to
the length of FRET traces, use the first 100 frames for each
molecule.

58. A dwell time histogram is a collection of the dwell times dt in
each state for N > 100 molecules, where the trace may be
categorized into each state manually or automatically using
thresholding. A fit to this histogram yields a characteristic
lifetime τ, which can be used to obtain the kinetic transition
rates kon and koff.

59. A post-synchronization histogram (PSH) is a collection of
time-binned FRET traces synchronized at the initial binding
event. This analysis method reveals changes in the distribution
of FRET states upon initial binding as a function of time.

60. Hidden Markov modelling is a method to distinguish multi-
ple FRET states within a single FRET trajectory that is more
stable and reproducible than standard thresholding algo-
rithms. The model generates a predicted FRET trajectory
that is typically overlaid on top of the original trace to confirm
visually identified FRET states that are not easily quantifiable.
These fits can be used to calculate interconversions between
multiple discrete FRET states. FRET trajectories that visit all
the proposed FRET states multiple times within a single
trajectory are good candidates for HaMMy analysis.
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Part III

Atomic Force Microscopy and Other Force Methods



Chapter 13

Atomic Force Microscopy: An Introduction

Melissa C. Piontek and Wouter H. Roos

Abstract

Imaging of nano-sized particles and sample features is crucial in a variety of research fields. For instance in
biological sciences, where it is paramount to investigate structures at the single particle level. Often two-
dimensional images are not sufficient and further information such as topography and mechanical proper-
ties are required. Furthermore, to increase the biological relevance, it is desired to perform the imaging in
close to physiological environments. Atomic force microscopy (AFM) meets these demands in an all-in-one
instrument. It provides high-resolution images including surface height information leading to three-
dimensional information on sample morphology. AFM can be operated both in air and in buffer solutions.
Moreover, it has the capacity to determine protein and membrane material properties via the force
spectroscopy mode. Here we discuss the principles of AFM operation and provide examples of how
biomolecules can be studied. By including new approaches such as high-speed AFM (HS-AFM) we show
how AFM can be used to study a variety of static and dynamic single biomolecules and biomolecular
assemblies.

Key words Atomic force microscope (AFM), High-speed AFM, Topography, Force spectroscopy,
Cantilever, Contact mode, Intermittent contact mode, Biological applications, Nano-indentation

1 Introduction

While performing research at the cellular and subcellular level,
suitable imaging tools are essential to come to an in-depth descrip-
tion of the processes that occur at these length scales. A variety of
instruments has been developed to study biology at the micro- to
nanoscale. A landmark invention was the light microscope, which
uses photons interacting with the sample surface and lenses to
create a magnified image of the specimen. At the end of the seven-
teenth century, Antonie van Leeuwenhoek made this technique
popular under biologists. Significant development of this technique
occurs up to date. In the early 1930s E. Ruska and M. Knoll
invented another instrument making a specimen and its surface
visible: the Electron Microscope (EM). Here, electrons instead of
photons function as probes to create an image of the sample sur-
face. Images acquired with EM have a significantly higher
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resolution than the ones obtained with the optical microscope. For
both approaches the resolution is basically being limited by the
used wavelength, which is much smaller in the case of EM [1].
Still, the corresponding data does not provide quantitative height
information and, consequently, is two-dimensional.

Successful experiments providing three-dimensional informa-
tion at the nanoscale were conducted using Scanning Tunneling
Microscopy (STM). They were first presented by Binnig and
Rohrer in 1982 [2]. The technique uses a metal tip mounted at
the end of a cantilever. The tip is approached to the surface and
scans the surface while the tunnel current is kept constant with a
feedback control. The voltage applied to the piezo-drivers is used to
move the tip in the z-direction, keeping the tunnel current con-
stant, and to move the tip in the x- and y-direction to scan the
surface. Hereby the topography of the sample’s surface is being
reconstructed. Since the tunnel current is extremely sensitive to
alteration of the distance (exponential dependence), atomic resolu-
tion is achievable [1, 2]. Drawback of this technique is the need for
conductive samples and probes. For instance, biological samples are
insulators and thus it is impossible to image them with this
approach. Coating of the sample with a conducting layer can
solve this problem, however, thereby making the substrate less
relevant for biological experiments.

With the advent of the Atomic Force Microscope (AFM) by
Binnig et al. in 1986 [3], not only the limitations of the resolution
of optical microscopes were overcome, but also the requirements of
the sample being conductive. Instead of using the tunneling cur-
rent, an AFM takes advantage of the interacting force between the
tip and the surface, which deflects the cantilever. In combination
with a feedback control, the topography of the sample surface can
be reconstructed [4, 5]. The big advantage of this approach is that
any sample can be investigated, because there is no need for con-
ductivity. This invention facilitates great possibilities especially in
biological sciences as proteins, viruses, cells, and membranes can be
imaged at nanometer resolution [1, 6–10].

The principle of AFM is also applicable for magnetic samples.
The corresponding measurement instrument is called Magnetic
Force Microscopy (MFM). The main difference between an AFM
and a MFM is the tip itself. In an AFM it is nonmagnetic, while the
tip of a cantilever inserted in a MFM is made of ferromagnetic
material. In MFM the magnetic field gradient causes a force acting
on the tip which bends the cantilever and imaging is performed by
measuring the interaction between the tip and this magnetic field.
The range in which a high spatial resolution can be obtained is
10 nm–100 nm [11].

With all of the aforementioned devices, that provide more than
two-dimensional information, a new level of data acquisition has
become possible. STM, AFM and MFM all belong to the group
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called “Scanning probe microscopes,” which in a way can be
regarded as a combination of the techniques of profilers and SEM
[5]. The invention of the electron microscope and the STM was
awarded with the 1986Nobel Prize in Physics. E. Ruska, G. Binnig,
and H. Rohrer received the prize, the former for his work on EM
and the latter two for their work on the STM.

Besides nanometer spatial resolution, many researchers were
also looking for instruments reporting information on the fourth
dimension, i.e. high temporal resolution. While for traditional
AFM it typically takes several minutes to record one image, the
endeavor was to reach sub-second temporal resolution. Several
approaches to develop so-called high-speed AFM (HS-AFM) have
been undertaken [12]. The approach of T. Ando has turned out to
be the most practical for observing biomolecular processes and
imaging rates of >10 frames per second are now routinely possible
[13, 14]. Using HS-AFM the observation of real-time dynamic
processes in liquid is possible and therefore, has a great potential
in biological sciences [15].

2 Basics of AFM

This section discusses the basics of the AFM technique, the set-up
as well as various operation modes.

2.1 Set-Up

and Principle

AFM image acquisition is based on attractive and repulsive interac-
tions with the sample. The set-ups typically consist of, among
others, the following components [5, 16]:

l A cantilever, which has a sharp tip at its end.

l A detection system of the cantilever’s bending.

l A feedback control of the applied force and the distance.

l A movement system (e.g. piezo tubes) to enable the scanning of
the sample surface in all three dimensions with respect to the
cantilever.

l A graphical visualization system of the acquired data.

A simplified schematic illustration of an AFM is shown in Fig. 1a
and an example image of a virus acquired with an AFM is presented
in Fig. 1b.

The so-called optical beam deflection (OBD) method is a
common method to detect topography changes by AFM [18].
For the measurement of the bending of the cantilever, a laser
beam is focused on the rear side of the cantilever. The rear side
itself can be coated to enhance the amount of the reflected laser
light, but this coating is not always necessary and it should be kept
in mind that this coating could affect the thermal stability [19]. In
either case, with or without coating, the reflected light will be
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directed to a quadrant photodiode, which detects positional altera-
tions in the reflected light. Whenever the interaction force between
the tip and the sample surface changes, the cantilever will bend, and
thus the position of the laser spot on the photodiode changes. The
measured signals are transmitted to the feedback electronics, pro-
cessed and converted into a voltage which is used to retract or
extend the piezo. Dependent on the actual AFM configuration,
the movement of the piezo is used either to change the position of
the sample or the cantilever. These are the two different ways to
scan the sample surface. One possibility is that the position of the
cantilever is fixed while the sample is moved by the piezoelectric
element. Alternatively, the sample is fixed and the cantilever includ-
ing the OBD-system is translated. The maximum scan range for x
and y is on the order of ~100 μm times ~100 μm, while in z-
direction this is ~30 μm. However, systems with larger scan ranges
are also being used and many systems have (much) smaller scan
ranges.

The cantilevers are typically fabricated from silicon or silicon
nitride. To ensure operation in a variety of different AFM instru-
ments, the dimensions of the cantilever base are industrially stan-
dardized. The base (chip) of cantilevers is usually about 3.5 mm
long, 1.6 mm wide and it has a thickness of 0.5 mm. The typical
length for rectangular cantilevers is ~200 μm–400 μm with a width
of ~20 μm–40 μm [5]. Next to rectangular cantilevers also triangu-
larly shaped ones are common, which are also called “V-shaped”.
The tip radius is typically ~15 nm–20 nm, but oxide sharpened tips
with smaller radii are also available. Figure 1c, d show electron
micrographs of example cantilever and tip. Besides the tip radius,

Fig. 1 AFM set-up. (a) This schematic represents a so-called sample-scanning configuration. An alternative is
a system where the cantilever is scanned, i.e. a tip-scanning configuration. Combinations using linear piezos
are also possible. (b) Example image of AFM. This picture of a virus, imaged in buffer solution, shows how AFM
imaging can reveal structural features of biological substrates such as in this case protein clusters and
icosahedral facets. Reproduced from ref. 17 with permission from PNAS. (c) Cantilever electron microscopy
image. Two cantilevers with different spring constants are attached to the chip. Cantilever 1 is in focus,
cantilever 2 is out of focus. (d) Zooming in onto the tip reveals that it is not infinitely sharp, but actually has a
radius of curvature of approximately 15 nm.
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the cantilever spring constant k is also a characteristic quantity. It is
dependent on the dimensions of the cantilever and the Young’s
modulus of the used material. Next to the often used vertical spring
constant, also the lateral and torsional spring constant can be of
importance. Typical values for the vertical spring constant range
from a bit below 0.1 N/m to higher than 10 N/m [5]. While the
manufacturer provides the specifications of their product, it is
recommended to calibrate the cantilever spring constant before
each measurement [20].

2.1.1 Tip Sample

Interactions

The dimension of the tip strongly affects the resolution of the
acquired topography. Because the tip dimension is finite, the result-
ing image is always a convolution of the tip and the sample. Figure 2
shows three possible imaging scenarios. In case the tip is small
compared to the sample, an image which represents mostly the
sample is acquired (Fig. 2a). Figure 2b shows a situation where
the tip radius and sample size are roughly equal to each other,
resulting in an image representing features from both tip and
sample. In contrast, images acquired with a tip which is much larger
than the sample, predominantly reflect the tip geometry itself
(Fig. 2c).

The tip size can be reconstructed using an array of spikes. One
of such spikes is shown in Fig. 2c. Furthermore, the tip size and
geometry can be altered. For instance, it is possible to use con-
trolled wear of the tip to create a defined spherical tip shape with
increased radius. Corresponding experiments and results were
recently reported by Vorselen et al. [21]. Here, high roughness
polycrystalline titanium and ultrananocrystalline diamond surfaces
were used to map the tip dimension. This mapping was performed
at low imaging forces. Furthermore, by increasing the imaging
force, the authors were able to dynamically increase the tip radius
and to monitor this increase in real-time. While typical wear experi-
ments result in blunted tips, in this approach spherical tips with the

Fig. 2 Tip geometry affects the data in AFM imaging. The dashed lines represent the measured height profile.
(a) The tip size is much smaller than the sample; (b) sample and tip dimensions are comparable; and (c) the tip
is much larger than the sample.
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same chemical properties, but different radii were created. Further-
more, a new method for estimation of tip diameter was presented
and compared to the conventionally used blind tip estimation
method. In this new approach individual peaks were fit, by using
parabolic functions, to the extracted line profiles of the fast scan-
ning axis of AFM images. Figure 3 shows example images of the
increase in tip size and a quantification of the increase in tip radii.

We will now take a closer look at the force which acts between
the cantilever tip and the sample surface. For this reason, one needs
a description of the occurring force while approaching the tip to the
surface. A Lennard-Jones potential is suitable to describe the inter-
action of a surface atom and the tip. In total, the potential is the
sum of the interaction of the tip with each surface atom [22]. The
expressionU ðrÞ ¼ �A

r6 þ B
r12 , where r is the distance between the tip

and the sample and A � 10�77 Jm6 and B � 10�134 Jm12, repre-
sents the interaction of atoms in a solid [4]. Using the relationship
F(r) ¼ � (dU/dr), one can calculate the interaction force between
the tip and the surface atom. Figure 4 illustrates such a schematic
force–distance curve.

Since the force can be attractive (F < 0) and repulsive (F > 0),
there are different regimes that have to be considered. Transferring
such a curve on a real AFM system, such a force–distance curve can
be acquired by displaying the deflection of the cantilever. Imagine
the situation that the cantilever is far away from the sample surface.
Here it is unaffected by interactions with the surface and therefore
not bent. Approaching the surface, the tip experiences an attractive
force. Once the gradient of the attractive force equals the cantilever
spring constant the tip jumps into contact with the surface. With
further “approach,” a force is applied to the surface. According to
Newton’s third law the sample also exerts the same force on the tip.
Thus, the tip is now getting into the repulsive force regime. The
force will increase until a certain deflection value, as set by the

Fig. 3 Results of controlled wear experiments of an AFM tip. Reconstruction of an AFM tip before (a) and after
(b) wear on an ultrananocrystalline diamond. (c) Increase in curvature radii of silicon nitride tips by wear
experiments on titanium (Ti) and ultrananocrystalline diamond (UNCD) surfaces. Figure reproduced from ref.
21 with permission from Nature Publishing Group.
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operator, is reached. Reversing the direction of movement, the
force is decreased, passing the attractive force regime again, until
a jump off occurs. The connection between the tip and the surface
is interrupted [4, 5].

2.2 Operation Modes Having considered the process of approach of the tip towards the
sample surface, the various operation modes of AFM can be dis-
cussed. By means of Fig. 4, the different force regimes enable a
classification of some of these modes. In the following, we will
introduce the main modes and their function. In addition, some
of their advantages and drawbacks will be discussed.

2.2.1 Contact Mode The most intuitive operation mode of an AFM is the contact mode.
As the name suggests, in this operation mode the tip is continu-
ously in contact with the sample surface. Contact mode operates in
the repulsive force regime (Fig. 4) and a force is continuously
applied to the surface. In constant force mode, the tip is
approached to the surface until a set deflection/force occurs. In
this configuration, the surface is scanned while keeping the set force
constant with feedback control. The latter implies an “error,”
meaning the correction voltage that is used to adjust the position
of the cantilever. Next to the piezo extension, this “error signal”
can also be used to display surface features of the sample. Besides
constant force mode, it is also possible to operate in the so-called
constant height mode, in which the height of the scanner is fixed.
Here, the change in cantilever deflection, and thus the interaction
force, is used to directly map the topography of the surface. Conse-
quently, this mode is typically only used for relatively flat surfaces.
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Fig. 4 Schematic illustration of a force–distance curve to illustrate the interaction between the cantilever tip
(probe) and the sample surface labeling the different operation modes.
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An advantage of this operation mode is the high resolution of
the obtained images, since there exists a constant contact between
the probe and the sample. Another advantage is that it is a fast and
straightforward imaging mode. For biological and other soft sam-
ples, however, contact mode operation also has some clear disadvan-
tages. Since a force is constantly applied to the surface, chances of
sample damage increase. In particular, a constant lateral force arises
while scanning, which can drag and slide features over the surface.
The result is a distorted image of the sample. It can also happen that
the feature of interest is damaged or removed from the surface. In
contrast, not only the tip can damage the surface, but also the tip can
be damaged by the sample or the scanning process itself, which
typically can occur while imaging relatively hard surfaces.

2.2.2 Oscillating Modes Contact mode imaging is based on the contact between the tip and
the surface throughout the whole scan period, which causes large
interaction forces with possible destruction of the sample. In order
to minimize these forces, there are other operation modes devel-
oped based on the oscillation of the cantilever. Such modes are also
referred to as dynamic operation modes. In these modes, the canti-
lever is driven near or at its resonance frequency. The tip touches
the surface periodically and during most of the cycle no vertical
force is applied to the sample. Furthermore, the lateral forces are
markedly reduced during scanning as the major part of the lateral
movement occurs when the tip is not in contact with the surface.
These two features result in an overall gentler treatment of the
sample. Due to the acting force between the surface and the oscil-
lating cantilever when it is approached, the amplitude, the phase as
well as the frequency of the oscillation are affected. An integrated
feedback control records this change and adapts the piezo element
settings if corrections are needed. The choice of the amplitude
value can lead to a further distinction of this operation mode
class. A variety of different descriptions has been reported and
they are partially still under debate. We give a few examples here.
If the amplitude that is set is small (�20 nm [23]), the operation
mode is sometimes called “close-contact mode”. This mode has
also been referred to as “non-contact mode”, whereby this term
can be misleading, because at least temporarily there exists contact
between the probe and the sample. Working in the attractive force
regime has the big advantage, that only small interaction forces
occur while a high resolution is maintained. To prevent the cantile-
ver from jumping into the repulsive force regime, stiff cantilevers
(~40 N/m) are used [24]. When a large amplitude (up to
~100 nm) is set, the corresponding operation mode is called “inter-
mittent contact mode” [24]. Oscillated with a large amplitude, the
cantilever passes through the different force regimes, where the
interaction force between the probe and the sample can be
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repulsive, attractive or even negligible. Consequently, a higher
force is applied, which can lead to damage of the sample. On the
other hand, the implementation is much easier [5].

2.2.3 Jumping Mode

Imaging

Another imaging mode, which has recently gained a lot of atten-
tion, measures force vs. distance curves at each pixel and moves the
cantilever laterally when the tip is not in contact with the surface.
The corresponding operation mode is known under a variety of
names, for instance “jumping mode” [25, 26], “Quantitative
Imaging (QITM) mode” [27] or “peak force mode” [28] depend-
ing on the manufacturer of the appropriate AFM. As the applied
force to the surface is precisely controlled and shear forces are
practically absent, this imaging mode allows for controlled mea-
surements on soft, biological samples with possible imaging forces
below 100 pN. On each position of the surface a force–distance
curve is performed and thereby it does not only give topography
information on the sample, but also quantitative mechanical infor-
mation. Therefore, this imaging mode can be regarded as an exten-
sion of traditional “force spectroscopy” AFM. Force spectroscopy is
not an AFM imaging mode, but a mode that probes mechanical
properties at a certain location at the surface. In particular, the
cantilever is pulling or pushing at a set position to exert a force
onto the surface. Jumping mode imaging and the related imaging
techniques are extending the one-dimensional force spectroscopy
to three dimensions to include topography information on the
surface. This imaging technique is especially suited to image fragile
samples as for instance large protein shells or vesicles.

2.2.4 Operation

Environments

AFM imaging can be carried out in liquid, gas or in vacuum.
Especially for biological samples the in-liquid imaging capability
of the technique is of great advantage, because in such a way a near-
physiological environment can be obtained. Furthermore, the
interfering influences caused by a meniscus of water covering the
tip or the sample when imaging in air are eliminated. Fluorescence
imaging of biomolecules can relatively easily be combined with
AFM in liquid. Working in a liquid environment requires a liquid
cell and care must be taken to prevent any harm to the sensitive
electronics, in particular the piezo elements. Heating and cooling
of the sample is possible under in-liquid conditions, but a decrease
in imaging stability is likely the result.

While many biological samples are imaged in liquid [8, 29], in
the protein-nucleic acid interaction research field imaging under
ambient conditions (i.e. in air) is common practice [30, 31]. For
these in air studies it is even possible to combine the imaging with
fluorescence microscopy [32]. The fact that the fluorophores still
work well under ambient conditions is probably related to the
presence of a hydrating water layer on the surface. It is also possible
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to operate the AFM in air under controlled temperature conditions.
However, it should be considered that heating up the sample can
destroy the scanner, while by cooling it down condensation on the
sample surface and the optics can occur. An investment in thermal
isolation and working in a dry environment is recommended to
conduct this kind of experiments.

3 The New Perspective: High-Speed AFM

As the capture of an AFM image takes several minutes, only a snap-
shot of each line in the sample is obtained and typically only static
surfaces are imaged. Still it is possible to study dynamics on surfaces
such as AFM-induced changes in biomaterials. Viruses can for
instance be moved around by the tip on a surface [33] and AFM
tip-induced dissociation of RecA-DNA filaments was performed at a
frame rate of 80 s/frame [34]. However, in order to study dynamic
biological processes this imaging rate is not sufficient and “real-time”
observation is required which is impossible using traditional AFM.
This lack of temporal resolution has been a great draw-back of AFM
imaging ever since its invention and has effectively prohibited the
study of dynamic biological processes. Efforts to achieve a faster
scanning rate have been conducted at least since the early 1990s
[13]. A high-speed AFM (HS-AFM) approach was reported in
2001, where myosin V conformational changes were studied in real
time in liquid.100�100pixels2 images (scan size:240nm�240nm)
were recorded with a frame rate of 80 ms/frame [35]. Further
progress occurred and in 2008 imaging rates of ~40 ms/frame
over an area of ~250 nm � ~250 nm with 100 scan lines were
reported [13, 14]. Still at that time this was far from a common
approach and only recently HS-AFM is becoming available to a
larger group of researchers. How was the increase in imaging rate
achieved for HS-AFM? Next to an improvement of the electronics
and feedback system, this was done by increasing the resonance
frequency of the cantilevers to allow for faster scanning. The reso-
nance frequency could be increased by drastically decreasing the
dimensions of the cantilever. Furthermore, the interaction force
between the tip and the surface is decreased as well. The latter allows
for the investigation of sensitive biological samples. The ratio of the
cantilever’s resonance frequency and its spring constant affects the
sensitivity of the force gradient between the tip and the sample
surface. In addition, for the acquisition of high resolution AFM
images in dynamic mode in liquid, a balance between the amplitude
of the oscillation and the cantilever’s stiffness needs to be found. This
balance should accommodate a high stability and, simultaneously, an
interaction force that facilitates sensitive measurements [13]. To
increase the scope of applications in biological sciences, a larger
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scan size is desirable. In 2016 Uchihashi et al. presented a HS-AFM
wide-area scanner which facilitates scanning of an area of
~46 μm � 46 μm. By means of this wide-area scanner a topographic
image ofBacillus subtilis at 15 s/frame was acquired and bacteriolysis
of B. subtilis after exposure to lysozyme was observed at 20 s/frame
[36]. To position the tip in the right place with this scanner a light
microscope was used. The addition of a light microscope has created
the possibility of combining HS-AFM with confocal and (super-
resolution) fluorescence microscopy. All in all the development of
HS-AFM has led to a major increase in temporal resolution thereby
opening the door to a wide range of applications including the study
of biological processes that occur at time scales of 10s of milliseconds
to seconds [15, 37, 38].

4 AFM Applications in Biological Sciences

The field of application of AFM measurements in biological
sciences is wide. Not only the imaging of proteins is possible, but
also lipid membranes, prokaryotic and eukaryotic cells and nucleic
acids can be visualized [1, 5, 29, 39–41] . In addition, AFM can be
used to determine the roughness of potential implants including
determining the effect of surface treatments of such implants
[42–44]. Next to imaging, another broad field of AFM application
is force spectroscopy. It does not only give information about
adhesion factors [45], but can also be used to study inter- and
intramolecular forces including unbinding and unfolding of pro-
teins [7, 46–50]. Such experiments include, as examples, unbind-
ing events in virus-cell interactions and the unfolding of an
autotransporter passenger protein [51, 52]. In the former a virus
was bound to a cantilever tip and approached to the cell surface to
initiate binding, upon which the cantilever was retracted to mea-
sure the unbinding events, as shown in Fig. 5a. In the latter, it was
revealed how protein secretion through the outer membrane is
driven by the folding of the protein into a helical structure which
is stabilised by aromatic residues. Figure 5b shows an example
unfolding curve, which was used in an inverse approach to reveal
the folding and secretion mechanism of this autotransporter pro-
tein. In another approach conformational changes related to gating
of membrane channels were probed by force spectroscopy [53]
(Fig. 5c). Here it was shown that the channel open state exhibits
essential differences in mechanical coupling between the trans-
membrane domains with respect to the closed state.

The above described experiments are “pulling”-type of experi-
ments, but it is also possible to perform “pushing”-type of experi-
ments. This is typically called nano-indentation. During these
experiments, the tip is approached to the sample at a fixed position
until a set force is reached. This force is typically much larger than
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the force used for imaging, i.e. it is in the 100s of pN to nN range.
Nano-indentation experiments were performed on a variety of
particles such as for instance viral protein shells [54–56]. These
studies have revealed how viruses possess intriguing mechanical
structures [57–59]. We will briefly discuss AFM experiments on
the bacteriophage HK97 [57]. This phage self-assembles into an
icosahedral procapsid structure, without the dsDNA genome in
place. As a next step a maturation step takes place, in which the
DNA is packaged with the help of a molecular motor. Concomi-
tantly with this packaging, an increase of the capsid diameter of
~50 nm to ~60 nm occurs. During this expansion, no material is
added, so it logically follows that the shell turns thinner. The
intriguing question is whether this decrease in thickness is changing
the mechanical properties of the protein shell. Nano-indentation
experiments were set out to address this question. Figure 6 shows

Fig. 5 (a) Three virus-cell unbinding event curves in which each curve shows, in color coding, three unbinding
events, labeled 1, 2, and 3. Reproduced from ref. 52 with permission from Nature Publishing Group. (b)
Complete unfolding of an autotransporter protein construct with schematically added figures of the protein at
different unfolding stages and the associated cantilever bending (bending is exaggerated for clarity).
Reproduced from ref. 51 with permission from American Chemical Society (Copyright 2016). (c) Example
force curves of unfolding channels in the open state. Worm like chain fits are performed to deduce the
increase in contour length during unfolding. Reproduced from ref. 53 with permission from Nature Publishing
Group.
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images of the procapsid and the mature capsid before indentation
and for reference the reconstructions of the particles are shown as
well. In these images, one can readily differentiate between the
icosahedral orientations along which the particles are adsorbed
onto the surface. Indentation studies showed a marked difference
in material properties between the two types of particles. It turns
out that despite its thinner shell, the mature capsid is much stronger
than the procapsid. This can only be explained by a detailed scru-
tinizing of the particle’s structure. While the procapsid proteins are
loosely attached, during maturation covalent crosslinking occurs
between the capsid proteins. This leads to a chainmail like configu-
ration strengthening the particles in an effective manner. These
effects are directly related to the bacteriophage infection cycle.
During self-assembly the proteins need to be loosely attached, to
correct for possible mistakes during assembly. However, after the
complete shell has closed, DNA packaging occurs with the help of a
molecular packaging motor and considerable forces are exerted

Fig. 6 HK97 procapsid and mature capsid. (a, b) Respectively AFM image and
reconstruction of procapsid lying on its fivefold icosahedral axis. (c, d) Respec-
tively AFM image and reconstruction of mature capsid lying on its twofold
icosahedral axis. Reproduced from ref. 57 with permission from the US National
Academy of Sciences.
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onto the capsid. To be able to withstand these forces a strengthen-
ing of the shell is needed and HK97 solved this challenge by adding
covalent crosslinks to link the capsid proteins to each other in a
solid manner.

5 Conclusion

In this chapter the fundamentals of AFM as well as some of its
applications for studying biological samples were presented. This
technique can be used for high-resolution three-dimensional imag-
ing at the nanometer scale. Various imaging modes and their suit-
ability to investigate biological samples were discussed.
Furthermore, it was shown how force spectroscopy approaches
can be used to obtain mechanical information on biological sam-
ples, e.g. of protein nanocages and single proteins. Next to tradi-
tional AFM, the prospects of high-speed AFM with a focus on
biological research fields were indicated. Due to the largely
increased imaging speed of this instrument, it is possible to investi-
gate dynamic biological processes on the ms time scale. For instance
the movement of myosin V could be observed in real-time [37].
Consequently, AFM is shown to be a versatile technique in
biological sciences to obtain morphological and mechanical infor-
mation on proteins, proteinaceous assemblies, membranes, and
nucleic acids. Furthermore, by using high-speed AFM also dynamic
processes can be studied. With the advent of new, gentle imaging
techniques and fast scanning approaches it is expected that the use
and applicability of AFM in life sciences will become even more
relevant in the time to come.
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Chapter 14

Imaging of DNA and Protein by SFM and Combined
SFM-TIRF Microscopy

Małgorzata Grosbart, Dejan Ristić, Humberto Sánchez,
and Claire Wyman

Abstract

Direct imaging is invaluable for understanding the mechanism of complex genome transactions where
proteins work together to organize, transcribe, replicate and repair DNA. Scanning (or atomic) force
microscopy is an ideal tool for this, providing 3D information on molecular structure at nm resolution
from defined components. This is a convenient and practical addition to in vitro studies as readily obtainable
amounts of purified proteins and DNA are required. The images reveal structural details on the size and
location of DNA bound proteins as well as protein-induced arrangement of the DNA, which are directly
correlated in the same complexes. In addition, even from static images, the different forms observed and
their relative distributions can be used to deduce the variety and stability of different complexes that are
necessarily involved in dynamic processes. Recently available instruments that combine fluorescence with
topographic imaging allow the identification of specific molecular components in complex assemblies,
which broadens the applications and increases the information obtained from direct imaging of molecular
complexes. We describe here basic methods for preparing samples of proteins, DNA and complexes of the
two for topographic imaging and quantitative analysis. We also describe special considerations for combined
fluorescence and topographic imaging of molecular complexes.

Key words Scanning force microscopy, Atomic force microscopy, DNA-protein complexes, Single-
molecule imaging, Combining fluorescence and topography

1 Introduction

Proper expression and maintenance of genomic DNA is executed
with precision and control by the coordinated action of proteins
arranged in specific assemblies on DNA. Understanding how these
proteins work together to package, transcribe, replicate and repair
DNA, requires knowing how they are arranged into functional
assemblies. Direct images of protein–DNA complexes are an essen-
tial tool to achieve this understanding. They reveal a wealth of
inherently correlated information on structures, their variation
and distributions. Scanning force microscopy (SFM), also
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commonly known as atomic force microscopy (AFM), is an excel-
lent and practical method for direct imaging of proteins, DNA and
complexes of the two at the single molecule/complex level. Mole-
cules and complexes are individually analyzed providing informa-
tion on the variety of arrangements possible and their frequency in a
mixture. Importantly, this type of single molecule structural analy-
sis allows coherent description of features that would otherwise be
lost in the averaging of bulk analysis. In addition, direct observation
allows correlation of multiple structural features of individual
molecular complexes. Sample preparation is relatively simple and
requires components biomolecules in easily obtainable amounts
and purity. SFM imaging has literally provided a new view of the
molecular machinery responsible for DNA processing and by this
new insight into molecular mechanisms of vital processes such as
DNA packaging, repair, replication and transcription [1, 2]

Mechanistic information is obtained by quantitative analysis of
image data. Typically, it is necessary to devise an appropriate
scheme to divide complexes or structures observed into relevant
categories and determine the distribution of these categories in
different conditions. For instance, the percentage of DNA bound
by a protein at a specific binding site versus at nonspecific sites
would be determined as a function of conditions such as the addi-
tion of a nucleotide cofactor or another protein. SFM images are
also ideal for revealing mechanistically important protein-induced
distortions in DNA such as changes in DNA bending, contour
length and flexibility. Protein-induced distortions of DNA can be
determined at specific binding sites and at nonspecific sites for
comparison, usually from the same sample [3]. DNA substrates
are constructed with specific sequence or structural features at
defined locations, such as a recognition sequence, a single modified
or damaged base, nicks, gaps, various lengths of single- and double-
stranded DNA and complex DNA junctions such as those recog-
nized by replication or recombination proteins. In all cases the
DNA strands not including the specific feature are by definition
nonspecific binding sites and serve as unavoidable internal control
DNA. Proteins and their functional assemblies often involve multi-
ple DNA sites and strands. These functional assemblies, for example
DNA looped between protein bound at two sites or proteins asso-
ciating to join or connect multiple DNA molecules, are sometimes
hard to define by indirect means but obvious by simply looking at
images.

Biomolecules are typically deposited onto an atomically flat
mica surface and imaged in air. The samples are dried of bulk
water but not desiccated and likely retain their native structure
[4]. The volume of the particles observed can be used to estimate
size and multimeric state. DNA can be deposited on mica by
equilibration on the surface so that it is not kinetically trapped. In
this way, the arrangement of the DNA on the surface accurately
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reflects its properties in solution, such as contour length, flexibility,
and presence of bent segments. Protein–DNA complexes prepared
in appropriate biochemical conditions are deposited onto mica in a
similar fashion. Changes in the DNA induced by bound proteins
can be accurately measured. Some proteins have features that are
distinct in SFM images, such as long coiled regions or multiple
globular lobes, but most proteins appear as similar globular objects.
Here we describe basic methods for obtaining topographic images
of DNA, proteins, and their complexes that can be used for a variety
of quantitative structural analyses.

Many functionally important protein–DNA complexes include
multiple component proteins. The identity of components in mul-
tiprotein complexes can be estimated based on their volume and
known molecular weights. However, it is not always possible to
determine molecular composition and stoichiometry unambigu-
ously by volume alone. It is therefore necessary to label or tag
specific proteins to identify different, possibly similarly sized, com-
ponents in complex assemblies. Combining fluorescence and topo-
graphic imaging allows specific identification of fluorescently
labeled proteins and greatly expands the application of SFM to
analysis of increasingly complex molecular assemblies. Several
instruments that combine SFM topographic imaging with fluores-
cent imaging are currently commercially available. There are spe-
cific challenges for using these instruments for analysis of
protein–DNA complexes that we address here. It is necessary to
deposit the molecules of interest onto an atomically flat surface
such as mica for topography but this substrate must also be suffi-
ciently optically transparent to allow fluorescence. In addition,
appropriate marker objects are essential to achieve nm accuracy in
aligning optical and topographic images when the objects of inter-
est are smaller than optical resolution. We briefly describe methods
for sample preparation and image alignment that allow properly
correlated SFM and fluorescence imaging.

2 Materials

2.1 Instrumentation 1. Scanning probe microscope: These instructions are guided
toward eventual imaging by intermittent contact mode in air.
We have a Digital Instruments MultiMode Scanning Probe
Microscopes. The methods for sample preparation and guide-
lines for data acquisition are applicable to any similar instru-
ment and imaging mode (see Note 1).

2. Computers (PC, Mac) that meet requirements of image analy-
sis software. Software like SFMetrics [5], ImageJ (http://
rsbweb.nih.gov/ij/), Image SXM (extended version of NIH
image by Steve Barrett, Surface Science Research Centre, Univ.

SFM and Combined SFM-TIRF Microscopy 261

http://rsbweb.nih.gov/ij
http://rsbweb.nih.gov/ij


of Liverpool, Liverpool, U.K.), WSxM (Nanotec Electronica S.
L.), or similar image analysis software is required for quantifica-
tions of various features of visualized molecules.

2.2 General Supplies 1. Glass pasture pipettes.

2. Standard facial tissues.

3. Lens cleaning tissues (Whatman 105).

4. Forceps (DZM, Italy).

5. A source of filtrated air or N2.

6. For preparation of all solutions, MiliQ filtered de-ionized water
(Resistivity �16 MΩ cm, TOC 1–5ppb).

7. Standard protein deposition buffer consisting of: 20 mM
HEPES-KOH pH 7–8, 50–100 mM KCl (or NaCl), 1 mM
DTT (chemical supplied by Sigma-Aldrich).

8. Standard DNA deposition buffer consisting of: 5–10 mM
HEPES-KOH pH 7.5, 5–10 mM MgCl2 (chemical supplied
by Sigma-Aldrich).

2.3 Sample

Substrates

1. Metal discs such as those usually supplied with scanning probe
microscope.

2. Mica sheets (Muscovite Mica V-5 Quality, Thick-
ness ¼ 0.15–0.21 mm, Electron Microscopy Sciences).

3. Punch and die set (Precision brand) for cutting mica into discs.
The diameter of mica discs is 1–2 mm smaller than diameter of
metal discs.

4. Superglue to attach mica discs to metal discs.

5. Invisible tape (19 mm width, Magic from 3 M) to cleave mica.

2.4 DNA Preparation General molecular biology reagents and instruments for prepara-
tion of DNA (purification from bacteria or PCR amplification) are
needed. General knowledge on methods for DNA preparation,
such as those found in various editions of Molecular Cloning: A
Laboratory Manual from CSHL Press, is assumed.

2.5 Combining

Fluorescence and SFM

2.5.1 Instrumentation

For identifying specific molecules and nano-objects in SFM topog-
raphy images we use a combined SFM-fluorescent microscope set
up which consists of: An inverted fluorescence microscope
equipped with high numerical aperture (1.45) objectives with a
minimum magnification of 60� (Nikon TE2000); signal detec-
tions with a Cascade II:512B EMCCD camera (Princeton Instru-
ments); running MetaMorph software (Molecular Devices) or
custom-made Labview (National Instruments) software for micro-
scope operation and image acquisition; and a coupled NanoWizar-
d®II scanner (JPK instruments). Similar instruments and
equivalent components would perform as well.
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2.5.2 Sample Substrates

for Combined Fluorescence

and SFM

1. Mica sheets (Muscovite V-1 quality, from Electron Microscopy
Science).

2. Glass cover slips, round, 24 mm diameter, thickness 00 (from
Menzel-Gl€aser).

3. Optical adhesive NOA88 (Norland products).

4. Hand held UV lamp.

5. Sodium tetrahydridoborate 0.25% w/v solution in water (see
Note 2).

6. Invisible tape (19 mm width, Magic from 3M).

2.5.3 Fluorescent

Markers and Labels

1. FluoSpheres® carboxylate-modified microspheres (0.04 μm
diameter, yellow-green fluorescent (505/515), orange fluores-
cent (540/560) and red fluorescent (580/605) from
Invitrogen).

2. TransFluoroSpheres® (0.04 μm diameter, dual green and red
fluorescent (488/645) from Invitrogen).

3 Methods

3.1 Considerations

for Preparing Proteins

Used in SFM Imaging

Purified proteins should be stored and used without addition of
stabilizing proteins such as BSA. The protein purity requirements
differ with application and the nature of possible contaminants. For
example, if the protein of interest binds to DNA, contaminating
proteins not bound to DNA can be ignored. Also, DNA binding
proteins should be without any trace of DNA. In general, �80%
protein purity, estimated by coomassie blue staining of the purified
protein displayed by gel electrophoresis, is sufficient for SFM
analysis.

3.2 Considerations

for Preparing DNA

Used in SFM Imaging

The length of DNA to be used depends on the eventual data
desired and the specific experimental question. In general, DNA
should be at least 500 bp or longer so that it is obviously DNA by
appearance based on relative width, height and length. We com-
monly use DNA in the range of 500–3000 bp. Linear DNA is
generally more useful. Circular DNA tends to fold over itself on
the surface making it harder to analyze. In addition, linear DNA
allows determining the location of a specific sequence or feature of
interest by its relative position from an end. DNA should be clean,
free of proteins or other material that will deposit onto mica and
complicate the imaging. Kits/columns for DNA purification
(Quiagen, GE Healthcare, Sigma-Aldrich) usually produce DNA
of sufficient purity for SFM, though some problems with residual
column material or buffer components occasionally occur. The
cleanest DNA is obtained by the following methods depending
on the source: from solutions such as PCR reactions or Enzyme
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digestion purify DNA by phenol:chloroform extraction followed by
chloroform extraction; from gel slices purify DNA by electroelu-
tion; DNA from plasmid or phage preparations by cesium gradient
purification. These DNA purification and isolation methods often
reduce final yield. Therefore, the trade-off between purity and yield
has to be considered when choosing purification methods for indi-
vidual applications. Ethanol precipitation tends to result in con-
taminating material when imaging, often assumed to be excess salt.
For that reason, ethanol precipitation is avoided or preformed with
care to wash excess salt from pellets before resuspension.

3.3 Preparation of

Mica Substrates

1. Attach mica to metal by applying a very small drop of superglue
onto the metal discs placing the mica disc over the glue and
gently pressing. Avoid glue spreading beyond the mica as this
will interfere with cleaving the mica.

2. Freshly cleaved mica is prepared by applying Invisible Tape to
the mica glued to metal and peeling off the top mica layers. The
peeled off layer stuck to the tape is inspected to see if it is a
complete circle. If a complete layer was not cleaved off the
procedure is repeated until a complete layer, smooth unbroken
circle, is removed. The mica is usually cleaved only a few
minutes to a half hour before use to assure a clean surface.

3.4 Immobilizing

Molecules on Mica:

General

Considerations

In order to visualize molecules in scanning force microscopy they
have to be immobilized on a surface. However, molecules have to
be free from the surface to enable their dynamic interactions and to
prevent steric hindrance that might affect molecular interactions.
Thus, the immobilization of molecules on the surface has to be
carefully controlled to enable imaging while minimizing disturbing
the relevant molecular interactions. Molecules can be deposited on
a surface through specific or nonspecific interaction. We most often
take advantage of relatively nonspecific electrostatic adsorption,
which depends on charge of the surface and molecules, and is
sufficient to provide controlled attachment of DNA, proteins and
their complexes. Specific interactions, such as streptavidin and bio-
tin or digoxigenin and anti-digoxigenin, provide much stronger
attachment of molecules to the surface with defined molecule
orientation. However, surface modification also increases rough-
ness and interferes with imaging.

The most commonly used surface for deposition of biomole-
cules is muscovite mica. Mica can be cleaved at crystal planes that
produce large atomically flat surfaces. This uniform flat surface
allows detection of biomolecules that are only a few nanometers
high. The mica surface is negatively charged and the heterogeneous
charged domains on most proteins result in sufficient deposition
without additional treatment of either surface or protein. HEPES
buffers, in biologically relevant pH range (pH 7–8), are preferred
for protein deposition. Tris–HCl buffers tend to deposit on mica
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and interfere with SFM imaging. Other common protein storage or
reactions buffer components, such as KCl, MgCl2, DTT, ATP, low
concentration of detergents like NP40, and glycerol, do not inter-
fere with protein deposition or eventual imaging in our experience.
The composition of buffers used for deposition of proteins is less
strict than for deposition of DNA because proteins deposit effec-
tively onto mica in a wider range of salt and pH conditions. Thus, it
is a good first step to deposit proteins in buffers that are optimal for
maintaining protein structure and/or activity. If the protein of
interest is already biochemically characterized, the optimal buffer
for deposition for SFM would be the same (or very similar) as the
optimal buffer for protein activity. In case of an uncharacterized
protein, SFM deposition can be done in a standard deposition
buffer consisting of: 20 mM HEPES pH 7–8, 50–100 mM KCl
(or NaCl), 1 mM DTT. If the protein appears aggregated upon
deposition increasing salt concentration and/or including some
NP40 (0.05%) often helps to prevent undesired protein-protein
interaction.

Adsorption of negatively charged DNA on negatively charged
mica surface requires the presence of divalent cations. Those inter-
ested in the effects of different divalent cations on DNA deposition
on mica are referred to published studies on this topic [5–8]

The mica surface can be modified for more efficient adsorption
of DNA. This has advantages and disadvantages. The treatment of
mica with either 3-aminopropyltriethoxysilane (APTES) or poly-L-
lysine results in a positively charged surface. DNA binding to such
surfaces does not require the addition of divalent cations. The
resulting DNA is strongly attached to the modified surface and
can be imaged by SFM both in air and in buffer. However, on
these modified surfaces DNA does not equilibrate but become
kinetically trapped [9].

Spermidine can be added to the sample to increases the affinity
of nucleic acids to mica. The presence of spermidine allows DNA
binding to mica without divalent cations and/or in the presence of
higher concentrations of monovalent salt. By altering the concen-
tration of spermidine DNA deposition can be controlled to be
either by equilibration or by kinetic trapping (Fig. 1). A final
concentration of 0.05 mM spermidine is sufficient to provide
DNA deposition by equilibration in a sample with 150 mM KCl
even without Mg2+.

Deposition by kinetic trapping results in DNA conformations
on mica that are strongly influenced by interaction with the surface.
This complicates and, in some cases, precludes determining experi-
mentally important changes in DNA conformation, such as mea-
suring DNA bends or distortions induced by protein binding or
changes in DNA conformation induced by binding small molecules
prior to deposition. In order to measure and analyze protein-
induced changes in DNA we do not use treated mica [9]. In
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addition, any mica treatment results in a rougher surface that can
complicate imaging.

The persistence length of DNA can be determined from SFM
images and is used as a test of deposition by equilibration on the
surface. Persistence length reflects intrinsic flexibility of a polymer
and is a well-characterized feature of DNA. Persistence length is
obtained by measurements of the contour length and the end-to-
end distance of deposited DNA as described in [9]. A persistence
length of ~50 nm is characteristic of DNA and thus indicates
deposition by equilibration.

We have descried that proteins adhere to mica in a wider variety
of buffer conditions than DNA. Because of this, also protein bound
DNA can adhere to mica due to the behavior of the proteins. Thus,
a protein-bound DNA will often adhere to mica in deposition
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Fig. 1 Example of different concentrations of spermidine on DNA deposition (linear double-stranded 1.8 kb) at
0.5 ng/μl in 10 mM Hepes and 150 mM KCl was used for deposition. (a) Addition of 0.01 mM spermidine was
not enough to provide binding of DNA for mica. (b) Addition of 0.05 mM spermidine-enabled deposition of DNA
by equilibration. Increasing concentration of spermidine to 0.1 mM (c) or 1 mM (d) caused kinetic trapping of
DNA on the surface. The image dimensions are labeled; height is indicated by the gray scale shown to the right
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conditions that are effective for the protein alone without the need
to add Mg2+ or reduce monovalent cation concentration. It should
be noted however that free DNA, not bound by proteins, will
behave differently and may not adhere to mica in conditions
where protein–DNA complexes. Thus, deposition conditions
should be chosen carefully depending on the goal of the experi-
ment. For instance, if it is necessary to quantify the amount of
protein bound and protein free DNA, controls that show equal
deposition of these need to be included.

The best conditions for protein–DNA complex formation
should be determined by standard quantitative biochemical assays
prior to initiating SFM imaging experiments. This will form the
starting point for conditions to use in SFM imagining. Binding
reactions for SFM typically require more concentrated DNA than
many biochemical assays and there are limitations to the excess of
protein that can be used. As a rule, the solution deposited onto
mica should have DNA at 1–10 ng/μl and proteins should not be
more than 50-fold molar excess to their binding sites. The upper
limit to excess protein is due to problems observing DNA if the
surface becomes covered by protein or even more dramatically if
protein saturates the surface and prevents DNA binding. Thus,
protein to DNA ratios and protein concentrations optimal for
biochemical assays may not be optimal for SFM imaging.

3.5 Deposition of

Protein for SFM

Imaging

1. Prepare a solution of protein to be deposited, concentration of
about 0.5 μM in an appropriate buffer is a good starting point.
Optimal protein concentration for deposition will differ for
each protein depending, for instance, on purity, size and oligo-
meric state. Usually, protein concentrations of less than 0.5 μM
(final in deposition buffer) provide reasonable coverage of the
mica surface for further analysis.

2. Place a drop, 5–30 μl depending on the size of the mica surface,
of protein solution onto the freshly cleaved mica surface and let
it sit to deposit for ~30 s.

3. Rinse the mica surface with Milli-Q filtered de-ionized water,
about one pasture pipette full as shown in Fig. 2.

4. Excess of water is blotted by touching a piece of facial tissue to
the edge of the mica.

5. The mica surface is then dried in a stream of filtrated air
(or N2).

6. Observe the sample with the SFM, typically scanning fields of
1 μm � 1 μm with a Z scale of 5 nm or less will give a good
impression of the protein coverage.

7. Assess the protein coverage and modify deposition if needed. If
deposition is too crowded (Fig. 3a), additional dilution of five-
to tenfold usually results in surface coverage where proteins are
nicely separated on the surface and can be analyzed (Fig. 3b).
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Fig. 2 Washing mica surfaces with water. The sample substrate is held by forceps on the edge of the metal
disc, not over the mica. Water or buffer is washed over the surface using a pasture pipette
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Fig. 3 Examples of excess or appropriate protein coverage. The 37 kDa human RAD51 protein was deposited
as described from a buffer containing 25 mM HEPES-KOH pH 8.0 and 100 mM KCl and imaged in tapping
mode in air with a Digital Instruments multimode NanoScope. (a) Too much protein covering the mica surface
prevents identification and analysis of individual molecules. Here a 2 μM solution was used for deposition onto
mica. (b) Adequate protein deposition showing many single molecules well separated and few overlapping
unresolved molecule pairs. Here a 0.2 μM solution was used for deposition onto mica. The image dimensions
are shown; height is indicated by color according the scale shown on the right
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3.6 Deposition of

DNA for SFM Imaging

1. Prepare a solution of DNA to deposit, DNA 0.5–10 ng/μl in
deposition buffer of 5–10 mM HEPES pH7.5, 5–10 mM
MgCl2. Since the presence of monovalent cations dramatically
reduces Mg2+ promoted adsorption of DNA to mica, the con-
centration of monovalent salt in the solution being deposited
should be less than or equal to the concentration of Mg2+.

2. Place a drop, 5–30 μl depending on the size of the mica surface,
of the solution containing DNA onto the freshly cleaved mica
surface and let it sit to deposit for 30 s to 1 min.

3. Wash the mica surface with Milli-Q filtered de-ionized water,
about one pasture pipette full, as shown in Fig. 2.

4. Excess of water is blotted by touching a piece of facial tissue to
the edge of the mica.

5. Themica surface is then dried in a stream of filtrated air (or N2).

6. Observe the sample with the SFM, typically scanning fields of
2 μm� 2 μmwith a Z scale of 2 nm will give a good impression
of the DNA coverage.

7. Assess the DNA coverage and modify deposition if needed.
Excess DNA coverage is shown in Fig. 4a and appropriate
coverage of DNA on mica is shown in Fig. 4b. If the DNA
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Fig. 4 Examples of excess and appropriate DNA coverage DNA was deposited onto mica as described and
imaged in tapping mode in air with a Digital Instruments multimode NanoScope. (a) Too much DNA covering
mica prevents identification of individual molecules and precludes any meaningful analysis. Here a solution of
800 bp linear double-stranded DNA at 10 ng/μl in 10 mM HEPES, 10 mM MgCl was used for deposition onto
mica. (b) Appropriate DNA density with clearly separated and non-overlapping DNA molecules. Depending on
the length of the DNA there should be 5–20 molecules in a field. Here a solution of 0.5 ng/μl DNA in 10 mM
MgCl was used for deposition onto mica. This resulted in about 15 isolated, identifiable and analyzable DNA
linear DNA molecules. This linear DNA consists of a 500 bp double-stranded and 300 nt single-stranded
segment. The single-stranded DNA appears as a small knob at one end of the linear molecule. The image
dimensions are shown; height is indicated by color according the scale shown on the right
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on the surface is too crowded, try two- to tenfold dilution of
the solution for deposition. If there is not enough DNA on the
surface (only one, a few or no molecules in a 2 μm� 2 μm scan)
one of several variations in the deposition will usually help:
increase the time for the DNA solution sitting on mica to
1–2 min, increase the DNA concentration, increase the Mg2+

concentration, or decrease the monovalent cation
concentration.

3.7 Deposition of

Protein–DNA

Complexes for SFM

Imaging

1. Prepare a protein–DNA binding reaction for deposition. This
typically should include DNA at 1–10 ng/μl (see Note 3).

2. Place a drop of the protein–DNA complex sample onto mica, as
described above for protein or DNA alone, and allow to sit for
30 s to 1 min.

3. Unboundmaterial is washed off with a small volume of binding
buffer as shown in Fig. 2.

4. Excess buffer is removed by touching a tissue the edge of the
mica surface, but the surface is not dried.

5. The surface is then covered with 30–40 μl of buffer containing
10 mM HEPES-KOH (pH 7.5), 10 mM MgCl2 for DNA to
attach to mica.

6. Almost immediately or after about 5 s the mica is washed with
water, about 1 Pasteur pipette full, as shown in Fig. 2.

7. Excess liquid is then blotted by touching a tissue to the edge of
the mica, and the surface is dried in a stream of filtered air as
described above.

3.8 Deposition of

Protein–DNA

Complexes and Free

DNA in Binding

Reactions for SFM

Imaging

1. Prepare a binding reaction and dilute with deposition buffer
(10 mM HEPES, 10 mM MgCl2) so that the concentration of
DNA is 1–10 ng/μl. Since the presence of monovalent cations
dramatically reduces Mg2+ promoted adsorption of DNA to
mica, the concentration of monovalent salt in the solution
being deposited should be less than or equal to the concentra-
tion of Mg2+ (see Note 4). This will allow free DNA as well as
protein-bound DNA to adhere to mica. The initial binding
reaction may need to be adjusted so that after dilution the
solution that will be deposited still contains DNA at
1–10 ng/μl (see Note 5). If the concentration of monovalent
salt in the solution being deposited has to stay high, addition of
0.05 mM spermidine (final concentration) will allow both free
DNA and protein-bound DNA to bind to mica.

2. Place a drop of the protein–DNA complex sample onto mica, as
described above for protein or DNA alone, and allow to sit for
30 s to 1 min.
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3. Unbound material is washed off with water, about 1 pasture
pipette full, as shown in Fig. 2.

4. Excess water is blotted by touching a piece of facial tissue to the
edge of the mica.

5. The mica surface is then dried in a stream of filtrated air (or
N2).

6. Observe the sample with the SFM, typically scanning fields of
2 μm� 2 μmor 4 μm x 4 μmwith a Z scale of 2–5 nmwill give a
good impression of the sample. Density of DNA on the surface,
either with or without bound protein, similar to that shown in
Fig. 4b is sufficient for most analysis (see Note 6).

3.9 Guidelines for

Collecting Images Sets

for Analysis

Once the stoichiometry of DNA and protein is optimized for
imaging and good coverage of mica is achieved, for proteins
alone, DNA alone or protein–DNA complexes, a collection of
images needs to be obtained for eventual analysis.

1. Issues of actual microscope operation and image acquisition are
not discussed or described here (refer to specific instrument
operating manual). The operation of a SFM and data acquisi-
tion differ depending on the instrument and are beyond the
scope of this article. The samples we have described are usually
imaged in our lab using intermittent contact or “tapping”
mode in air. We use standard silicon tapping tips for a variety
of suppliers with equivalent success. It is important that the tips
have a confirmed end radius of curvature of about 10 nm or less
(see Note 7).

2. For most applications scan sizes ranging from 1 μm � 1 μm up
to 4 μm � 4 μm are most useful. For instance, when analyzing
proteins, scans of 1 μm � 1 μm usually provide sufficient
resolution and sufficient data per image. For DNA-protein
complexes that individually cover more surface scans of
2 μm � 2 μm or 4 μm � 4 μm are better (see Note 8). In any
case, all images to be used in the same analysis need to be the
same size and resolution.

3. Images should be collected from non-overlapping fields with-
out selection for areas of interest. If scanning is stable and
interference free, images can be collected without changing
scanning parameters, the autoscan function of the microscope
software can be used to collect an unbiased series.

4. Most analysis requires a significant number of molecules or
complexes to measure. For example, if 100 or more DNA-
protein complexes have to be analyzed and the reaction results
in one fifth of the DNA molecules being bound by protein and
deposition results in ten DNAmolecules of about 1 kpb long in
a 2 μm � 2 μm field, then a minimum of 50 such images need
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to be collected. It will take considerable time to collect these 50
images. In the optimistic case that everything works well this is
a half-day of collecting images. Considering that images are
needed for control samples, planning is a very important to
perform efficient imaging experiments.

3.10 Guidelines for

Standard Image

Analysis

A number of features of protein, DNA and protein–DNA com-
plexes can be measured from SFM images [1]. The size of proteins
alone or bound to DNA can be accurately determined from SFM
images. Also, protein-induced changes in DNA, such as wrapping,
elongating, and bending of can be quantitatively described.

DNA length can be measured from SFM images imported into
specialized software such as IMAGE SXM, a customized version of
Image J modified to automatically import image data from a variety
of commercial scanning probe microscopes, or SFMetrics a recently
develop tool based on MATLAB that can be run in different plat-
forms and adds several features like skeleton length to analyze
irregular objects applying user-adjusted thresholds [5].

1. We determine DNA contours by manually tracing in an appro-
priate image analysis program. In the case of DNA–protein
complexes, contour length is traced as the shortest possible
DNA path through the bound protein. Custom software that
can automate DNA length measurements has been developed
in several labs but is not currently commercially available. The
length of DNA � protein will indicate whether bound protein
alters DNA by wrapping or stretching (see for example [10]).

2. The volume of proteins (not bound to DNA) can be deter-
mined using a semi-automated method developed by Glenn C.
Ratcliff and Dorothy A. Erie [11]. Using this approach, large
protein populations can be analyzed in a rapid and accurate
manner.

3. The volume of DNA-bound protein complexes has to be
determined by manual tracing. Area and average height of
complex are measured, and a background volume of the same
traced area at an adjacent position including DNA is subtracted
[12, 13].

4. DNA bending is a feature of many DNA binding proteins, see
for example [3, 14]. Using SFM, DNA bending can be directly
evaluated. A comparison of different methods to determine
DNA bend angles is presented in [15, 16].

3.11 Preparation of

Mica Substrates for

Combined SFM-

Fluorescence

1. Cut the mica disc slightly smaller than the size of the cover
slips.

2. Using a scalpel, split the individual mica discs into two or three
thinner layers.
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3. Cleave the layered mica disc with tape until almost transparent.
The color at this stage should still be slightly brownish. Be sure
that one side of the mica surface is clearly flat (by eye) with no
irregularities (as described in Subheading 3.3). The flat side of
the mica is to be glued to the cover slip.

4. Place the cover slip to be used onto a lens cleaning tissue.

5. Put a small drop of the optical glue in the end of a yellow tip
pipette.

6. Place the mica disc over the glue with the flat side facing the
glue.

7. Tape the mica and the cover slip and attach to the lens cleaning
tissue as shown in Fig. 4. Press down on the middle of the mica
with your thumb for a homogeneous distribution of the glue
under the surface.

8. Cure the UV glue by placing the UV light around 4 cm over
the cover slips and switch on the 350 nm light for 3 min (see
Note 9). It is most convenient to keep the glass-glued mica
taped to the lens tissue (Fig. 5). A piece of lens tissue including
the taped down cover slip is cut to about the size of a micro-
scope slide. Accidentally breaking the cover slip is avoided by
handling the tissue. The mica-cover slips can be stored for
future use for as long as necessary.

Fig. 5 Illustration of preparing mica glued to glass cover slips. The mica is glued
to a glass cover slip as described and then attached with tape to a lens cleaning
tissue as shown. The tissue is used to pick up the fragile glass cover slip and the
sample surfaces are also stored in this way
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9. Before using the mica-cover slip, the mica surface should be
made as thin as possible, by cleaving as many layers as possible
using the Scotch tape. The transparency of the mica now
should be close to 100%, without cracks or other visible imper-
fections, otherwise the focusing step with the short distance
working objectives would be simply impossible (see Note 10).

10. Once the thickness of the mica-coverslip has been assessed (see
Note 10), it can be treated by placing a 200 μl drop of 0.25%
w/v sodium tetrahidroborate on the mica for 20 min to reduce
autofluorescence. Wash with water 4–5 times as shown in
Fig. 2. The surface is now ready for depositing the solution
containing the DNA and protein complex to be analyzed.

3.12 Fluorescent

DNA and Proteins for

Combined SFM-

Fluorescence: General

Considerations

General considerations for DNA and proteins: Fluorescence labels
can be attached to DNA and/or protein. DNA is typically labeled
by: (1) PCR using fluorescence nucleotides analogs for uniform
labeling if the fluorophore does not interfere with protein interac-
tions; (2) with PCR primers including a 50 fluorophore; (3) Con-
jugating biotin to DNA, also introduced by PCR with 5’ biotin
modified primers, bound to any of a variety of streptavidin coupled
fluorophores. Protein can be labeled with fluorophores by a variety
of methods such as those described in Chapter 6 by Modesti.

3.13 Sample

Preparation for

Combined SFM-

Fluorescence

1. Prepare a DNA, Protein, or DNA-protein complex binding
reactions in appropriate functional conditions.

2. Dilute the binding reaction into 20 μl of deposition buffer
(10 mM HEPES, 10 mM MgCl2, including 3 pM (Trans)
FluoSpheres® (see Note 11) markers) according to guidelines
given above in Subheadings 3.4–3.8. Note, that the distribu-
tion of molecules should be 5–10 times sparser than in conven-
tional SFM imaging in order to achieve a clear image of single
fluorophores (Fig. 6).

3. Place a 20–40 μl drop of the diluted sample onto the freshly
cleaved mica surface and let sit for 1 min.

4. Unbound material is washed off with water, about 1 pasture
pipette full, as shown in Fig. 2.

5. Blot off excess liquid by touching a tissue to the edge of themica.

6. Dry the sample in a stream of filtered air.

7. If the use of deposition buffer needs to be omitted (for instance
if dealing with cation-sensitive reactions), the sample can be
diluted in reaction buffer and spermidine added just prior to
deposition to a final concentration of 5 μg/ml. If any charged
molecules need to be avoided in the reaction mixture, 3 pM
fiducial markers should be deposited separately in total of 20 μl
of deposition buffer, as described in steps 3–6. After washing
and drying the mica, reaction mixture diluted in adequate
buffer can be re-deposited in the same fashion.

274 Małgorzata Grosbart et al.



3.14 General

Considerations for

Imaging with

Combined SFM-

Fluorescence

Familiarity with the available fluorescence microscope setup is
assumed. Specific operating instructions will vary depending on
the setup and are in any case beyond the scope of this article.
With respect to excitation light source we note that a mercury
lamp is often sufficient for visualization of quantum dots, (Trans)
FluoSpheres®, and to a limited extent single fluorophores like Alexa
633. Laser excitation specific to the dyes used is preferable for most
single fluorophore visualization applications. In our setup, the
optical microscope is coupled to a NanoWizard®II scanner (JPK
instruments). In this instrument correlation of fluorescence and
topographic images is accomplished first by DirectOverlay™ soft-
ware. Further registration accuracy can be achieved using numerical
computing software like MATLAB [17]. Optical images are
obtained at the highest magnification possible, usually as 60 μm
fields. We typically use total internal reflection for optimal imaging
of surface attached molecules. Topographic images are obtained as
fields of 2–35 μm depending on the size of the objects deposited
and the eventual analysis needed.

3.15 Using (Trans)

FluoSpheress® to

Align Topographic and

Optical Images

1. Find an area of interest and optimize focus for optical signals.
After mounting the sample in the holder on the microscope,
find the fluorescent signal coming from the FluoroSpheres®

and biological sample. Focus on the fluorescent signal coming
from the sample (smaller, less intense spots). Due to bleaching

Fig. 6 Examples of sparse, appropriate, and excessive fluorescent signal. TransFluoroSpheres® (488/645) and
single-stranded DNA oligo coupled to Cy5 were deposited for combined SFM and TIRF imaging as described.
The samples were imaged in tapping mode in air with a JPK NanoWizard scanner mounted on a Nikon TE2000
microscope. All three panels represent overlays of 35 � 35 μm optical images created by excitation at 488
and 633. (a) Example of deposition in which the Cy5 fluorescent signal is too sparse considering the size of
area imaged. (b) An appropriate coverage of the area with Cy5 signal is plentiful, but clearly separated into
individual spots. (c) Example of excessive coverage of the surface with signal coming from Cy5. Individual
spots merge and cannot be distinguished in most cases. In gray-scale image FluoSpheres® signal (green in
color) appears as larger diffuse spots, Cy5 signal (red in color) appears as smaller defined spots
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fluorescence from the sample, it is recommended to move into
a new field to obtain an image that will be later used for overlay.

When using TransFluoroSpheres® to bring the sample into
focus, use an excitation wavelength of the fiducial marker that
does not match the fluorophore coupled to the sample to
optimize focus. Once that is done switch to the excitation
wavelength that will reveal both the sample and fiducial, adjust
focus and proceed. When using TransFluoroSpheres® obtain
an image or image stack at both excitation wavelengths

2. Obtain an optical image with at least three (Trans)Fluo-
Spheres® (see Note 12). For single molecule nanometer locali-
zation and eventual quantification of fluorophore number
based on intensity, obtain a stack of images (time lapse). The
exposure time, intervals and frame number should be chosen
such that complete bleaching of the sample is achieved (for
example 300 ms exposure, 350 ms interval, 300 frames). Maxi-
mum intensity image created from the stack will be used for
registration by overlaying with the SFM scan.

3. Monitor the progress of image acquisition; should the sample
go out of focus or when noticeable drift occurs, the entire
process needs to be repeated. In our experience drift occurs
when the mica is not optimally thin and the objective exerts
pressure on the cover slip to focus. Alternatively, an unstable
sample holder can result in drift.

4. Before obtaining the SFM image, minimize sources of vibra-
tion in the vicinity of the measurement. When using an immer-
sion lens and a sample holder, make sure that both are not
touching the sample during SFM imaging in order to minimize
background vibrations. Retract the lens and, if necessary,
detach the sample holder (depending on microscope set up
this may or may not convey vibrations).

5. Obtain a topographic scan of the same area captured in the
optical image at a resolution that will allow clear identification
of the 20–40 nm diameter (Trans)FluoSpheres®. For example,
optimal parameters for 35 � 35 μm field are 512 � 512 lines at
scan rate 2–2.5 Hz.

6. Use the microscope software to overlay the two images so that
the topographic image of the spheres (always smaller than the
diffraction limited fluorescent spot) coincides with the center
of the optical spots (Fig. 7). This overlay now defines the
register of the fluorescent and topographic images with accu-
racy in the tens of nm range (depending on the microscope
software routine applied) and can be used to identify fluores-
cent signals as belonging to specific topographic features (such
as specific proteins or fluorescently labeled sites on DNA). If
using TransFluoroSpheres®, use the (maximum intensity)
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image showing only the fiducial spheres to identify their posi-
tion in the SFM scan.

7. Once the images are correctly registered in the microscope
software, select a region of interest to obtain a SFM image of
the desired resolution. Multiple small scan images, for example
2 � 2 μm fields at 512 � 512 lines, can be collected. The best
overlay/resolution combination is obtained by imaging large
areas; we typically collect images as 35 � 35 μm fields at
4096 � 4096 lines at a scan rate of 0.2 Hz (overnight). For
nanometer localization, this area should contain at least three
fiducial spheres.

8. Overlay the (maximum intensity) optical image of the fluores-
cent signal corresponding to the biological sample with the
high resolution SFM scan.

4 Notes

1. Here we describe the use of SFM imaging of air-dried samples
with the following standard settings: scanned in intermittent
contact mode (air), using Silicon Tapping/Non-Contact Mode
tips 125 mm in length with a spring constant of 25–75 N/m
from Applied Nanostructures, drive frequency of the

0 1 2 3fast(µm) 4 5
0

1

2
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5

Fig. 7 Aligning optical and topographic images using FluoSpheres®. A mixture of polystyrene spheres with
three different colors: red, green, and orange, were deposited for combined SFM and fluorescence imaging as
described. The samples were imaged in tapping mode in air with a JPK NanoWizard scanner mounted on a
Nikon TE2000 microscope. The density of FluoSpheres® shown is appropriate for both optical and topographic
imaging. (a) Optical image, 60 μm � 60 μm, of a mixture of polystyrene spheres with three different colors:
green and red channel were overlaid. Orange polystyrene beads are recognized by the colocalization of both
signals. The indicated area (5 μM � 5 μM, green square) was chosen for scanning force microscopy. (b)
Overlay of the fluorescence signal with the height image. (c) Topography image of the selected area, Z scale
0–30 nm. The overlay in b shows that the optical and topographic images can be aligned by centering the
height image of the FluoSpheres® in the optical signals from the same objects. Panels b and c present the
area scanned rotated about 135� clockwise relative to its position in panel a
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cantilevers on average 300 kHz, and a line rate of 2 Hz to
acquire images.

2. Tetrahydridoborate is a flammable solid and should be handled
following all precautions indicated by the supplier. The solu-
tion should be made in a fume hood.

3. Because deposition is not always perfect but is easy to repeat, it
is a good idea to make several depositions of the same sample.
When working with protein–DNA binding reactions deposi-
tions should be done at the same time to keep the binding
conditions, such as incubation time, constant. It is also a good
idea to deposit different dilutions, differing by a factor of 2–5,
at once to assure that one will be appropriate for analysis
without requiring repetitive binding reactions and additional
material.

4. After dilution, the sample should be transferred to mica as fast
as possible to avoid changes in binding behavior due to
changed salt conditions. Typically adding a small volume of
binding reaction to a premeasured volume of deposition buffer
for dilution and immediately pipetting onto mica takes less
than 20 s.

5. The optimal buffer conditions, stoichiometry of DNA and
protein as well as expected number of complexes are best
extracted from previous biochemical characterizations. As
mentioned above, these will indicate starting conditions as
the amounts and concentration of DNA and proteins that are
optimal for SFM imaging may be different. Based on the initial
SFM results, it may be necessary to vary the stoichiometry of
DNA and protein to obtain sufficient protein–DNA complexes
for analysis or to minimize background of unbound proteins.
This is best done in small steps, such as twofold changes in
concentration of proteins or DNA, in order to improve the
image data that can be obtained.

6. If not enough material is deposited on mica, small variations in
the dilution step that may affect cation concentrations by two-
fold or less can also make a big difference.

7. The sharpness of the tips determines the resolution and detail
of the images obtained. Although specialized tips with end
radius of curvature considerably less than the usual 10 nm
(some as small as 2 nm) are available they are still rather
expensive. In our experience, for most applications, the added
resolution and detail are minimal and do not justify the extra
cost. We use uncoated tips. Even though coatings that increase
reflectivity of the back of the cantilevers should not influence
the size of the end of the tips, in our experience coated tips
produced poorer resolution.
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8. Many commercial SFMs produce images with maximally
512 � 512 pixels, independent of the scan size. Thus, larger
scan sizes produce data with lower resolution. Higher resolu-
tion is achieved with smaller scan size (scan of 1 μm � 1 μm, 1
pixel ~2 nm vs. scan of 4 μm � 4 μm, 1 pixel ~8 nm). Due to
the size of the scanning tips, we typically use standard silicon
noncontact tips with a radius of curvature of about 10 nm,
resolution does not improve much by decreasing scan size
below 1 μm x 1 μm.

9. When using UV light, wear UV safety goggles and avoid skin
exposure.

10. To check if the mica glued to glass thickness is appropriate,
deposit the fluorescent test object like the FluoSpheres® (3 pM
solution in deposition buffer), and check if it is possible to
focus on the surface in the fluorescent microscope. When this
is not possible, more mica layers need to be cleaved off.

11. We have also tested quantum dots as markers for aligning
fluorescence and topographic images. However, due to the
relatively large percentage of dark quantum dots in the pre-
parations we have used it is not easy to unambiguously align
the patterns from the topographic and fluorescence image.
Thus, in our experience quantum dots are not a robust marker
for alignment.

12. Dual color fluorescence imaging is most beneficial when deal-
ing with samples described in this chapter. Therefore, we rec-
ommend using TransFluoroSpheres®, which are characterized
by broad excitation spectrum. This allows collecting images at
a wavelength visualizing both fiducials and sample as well as a
wavelength for fiducials only, minimizing sample bleaching. in
combination with biological sample coupled with fluorophore
which excitation spectrum partly overlays with that of the
fiducial sphere (for example TransFluoroSpheres® (488/675)
and Cy5 (650)).
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Chapter 15

Atomic Force Microscopy of Protein Shells: Virus Capsids
and Beyond

Natalia Martı́n-González, Alvaro Ortega-Esteban, F. Moreno-Madrid,
Aida Llauró, Mercedes Hernando-Pérez, and Pedro J. de Pablo

Abstract

In Atomic Force Microscopy (AFM) the probe is a nanometric tip located at the end of a microcantilever
which palpates the specimen under study as a blind person uses a white cane. In this way AFM allows
obtaining nanometric resolution images of individual protein shells, such as viruses, in liquid milieu.
Beyond imaging, AFM also enables the manipulation of single protein cages, and the characterization a
variety physicochemical properties able of inducing any measurable mechanical perturbation to the micro-
cantilever that holds the tip. In this chapter we start revising some recipes for adsorbing protein shells on
surfaces. Then we describe several AFM approaches to study individual protein cages, ranging from imaging
to spectroscopic methodologies devoted to extracting physical information, such as mechanical and
electrostatic properties.

Key words Atomic force microscopy, Force vs. distance curve, Nanoindentation, Beam deflection,
AFM tip, AFM cantilever, Topography, Disruption, Breaking, Fatigue, Electrostatics

1 Introduction

A protein cage can be roughly stated as any closed structure built
out of protein subunits that defines an internal cavity at the nano-
meter scale. Although viruses illustrate at most the definition of
protein cages, nonviral structures, such as Bacterial Microcompart-
ments (BMCs) [1], vault particles [2], and artificial virus-like struc-
tures [3–5] can also be included in this description. The basic
architecture of a virus consists of the capsid, a shell made up of
repeating protein subunits (capsomers), which encapsulate the viral
genome [6]. Far from being static structures, viruses are highly
dynamic nucleoprotein complexes that transport and deliver their
genome from host to host in a fully automatic process. Viral parti-
cles are endorsed with specific physicochemical properties that
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confer to their structures certain meta-stability whose modulation
permits fulfilling each task of the viral cycle at the right time. These
natural designed capabilities have impelled using viral capsids as
protein containers of artificial cargoes (drugs, polymers, enzymes,
minerals) [7] with applications in biomedical andmaterials sciences.
Both natural and artificial protein cages have to protect their cargo
against a variety of physicochemical aggressive environments,
including molecular impacts in highly crowded media [8], thermal
and chemical stresses [9], and osmotic shocks [10]. Thus, it is
important to use methodologies that supply information about
protein cages stability evolution upon structural changes during
the viral cycle but also under different environments. In this vein,
structural biology techniques such as electron microscopy (EM)
and X-ray crystallography are used to unveil the structure–function
interplay, revealing high-resolution impressive structures of protein
cages [11]. However, these methodologies require a heavy average
of millions of particles present in the crystal (X-ray) or thousands of
structures for the model reconstruction (cryo-EM). Thus, they
provide limited information on structural differences between indi-
vidual particles in population. In addition, these approaches require
conditions (i.e. vacuum) far away of those where protein shells are
functional (liquid). These techniques preclude the characterization
of protein shells dynamics and properties in real time. Indeed, the
advent of single molecule technologies has demonstrated that
mechanical properties of biological molecular aggregates are essen-
tial to their function [12]. It is evident that the exploration of these
properties would complete the structural biology methodologies
(EM and X-ray) to find the structure–function–property interplay
of protein cages. Atomic Force Microscopy (AFM) may not only
characterize the structure of individual protein-made particles in
liquid milieu, but also to obtain physicochemical properties of each
particle. In addition, the nano-disectional abilities of AFM allows
the local manipulation of protein shells to learn about their assem-
bly/disassembly processes. In this chapter, we give a general over-
view of how to apply AFM methods to protein shells. Our tour
starts with a basic review of the recipes for attaching protein cages
to solid surfaces. Afterwards we describe the most successful modes
for imaging protein shells with AFM so far and comment on
inherent artifacts, such as dilation. Subsequently we describe the
nanoindentation methodology, which probes the stiffness, break-
ing force, brittleness, and electrostatics of individual protein shells.
Afterwards we focus on the effects of cyclic loading on individual
particles and the access to the inner cavity to probe the cargo.
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2 Materials

2.1 Particles

adsorption on the

surface of solid

substrates.

Protein shells are typically attached to substrates by using the physi-
cal forces with the substrate, including polar, nonpolar, and van der
Waals interactions [13]. Physisorption traps protein cages on the
surface without creating chemical bonds that might alter their
structure. Each type of protein shell has individualized features
such as hydrophobic patches or local charge densities [14] that
can be used for adsorption, via hydrophobic and/or electrostatic
interactions, on different substrates, such as glass, mica, andHOPG
(Highly Oriented Pyrolytic Graphite) (Fig. 1a). Mica and HOPG
surfaces are layered materials whose preparation consist on remov-
ing the last layer with adhesive tape, exposing a fresh surface ready
for experiments (see Note 1). HOPG presents a nonpolar surface
and protein cages adsorb via hydrophobic interactions [15]. Each
protein shell has a different methodology. Let us focus in the
specific case of human adenovirus particles (HAdV). About 20 μl
of virus solution presenting 1.5–2.0 � 1012 particles/ml was incu-
bated on the surface and washed out with the corresponding buffer
after 20 min (seeNote 2). Afterwards the liquid cell forms between
the cantilever holder and the sample (Fig. 1b). Figure 1c shows that
HOPG collapses some HAdV particles, indicating a strong nonpo-
lar (hydrophobic) interaction. However, hexamethyldisilazane
(HMDS) silanized glass [16] reduces the adsorption force and
allows imaging intact icosahedral particles exhibiting five-, two-
and threefold symmetry orientations on the surface (see Fig. 1c,
d). Interestingly, using NiCl2 150 mM on mica [13] induces the
adsorption of HAdV particles at the threefold symmetry orienta-
tion only, thus protein particles exhibit a triangular facet
(right, Fig. 1c). Adsorption of protein cages on surfaces also may
induce a reduction of the particle height [17]. This variety of
adsorption phenomena may change for each type of protein shells,
since different structures expose different residues in the external
layer, thus requiring different adsorption methodology (see
Note 3).

2.2 AFM Cantilevers Olympus OMCL-RC includes a variety of four spring constants:
0.39, 0.76, 0.05, and 0.10 N/m. The chip holding the cantilever
attaches to the quartz window of the liquid cell by using vacuum
grass, although any removable glue can be used, as long as it does
not dissolve in the buffer (see Note 4).

3 Methods

3.1 Imaging In AFM the tip scans the sample in x, y, and z directions by using
piezo actuators. While x and y scanners move in a pre-established
way over a square region, the cantilever bends following the surface
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topography. The cantilever deflects in twofold. It bends perpendic-
ularly to the surface applying a normal force (Fn) (Fig. 2a), and
laterally by torsion exerting a dragging force parallel to the surface
(Fl) (Fig. 2b). Both Fn and Fl are monitored by focusing a laser

Fig. 1 Attaching protein shells on surfaces. (a) HOPG, glass, and mica bare substrates before attaching the
samples. (b) Cartoon of the experimental system. Protein cages and cantilever are not in scale. (c) HAdV on
HOPG, glass, and mica. (d) Individual HAdV particles showing two-, three- and fivefold symmetry orientations
after adsorption on the surface
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beam at the end of the cantilever, whose reflection is registered in a
four quadrant photodiode. Thus, each pixel of the image located at
a particular position of the planar coordinates (x,y), will be asso-
ciated with certain bending values of the cantilever Fn and Fl. If the
particle is not strongly enough attached or if it is too soft, it can be
swept or modified under large bending forces. To avoid this effect
as much as possible, a feedback loop is engaged to Fn to move the z
piezo position in such way that Fn is kept constant. In this opera-
tional approach, termed as contact mode (Fig. 2c), the AFM
topography map will have x, y and z coordinates. The torsional
bending force Fl of the cantilever exerts about 40 times the flexural
bending force Fn [18]. Individual protein shells are thus susceptible
to undesired modifications by lateral forces. Their size of tens of
nanometers offer a large topographical aspect ratio that is difficult
to track by the feedback loop. A typical approach for surpassing this
limitation is using fixation agents, such as glutaraldehyde. In such
conditions AFM provide images whose resolution is comparable to
that of some EM images [19]. Nevertheless, glutaraldehyde cross-
links the proteins structure [20, 21], and precludes dynamic pro-
cesses or properties of intact native viruses, such as assembly/
disassembly or physical properties [22]. Other approach includes
developing imaging modes that avoid dragging forces as much as

Fig. 2 AFM working modes. (a) and (b) show the normal and lateral forces concepts, respectively. (c) and (d)
indicate contact and jumping modes, respectively
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possible. In jumpingmode (JM), also termed pulse force mode [23,
24], the lateral tip displacement occurs when the tip and sample are
not in mechanical contact, thereby avoiding shear forces to a large
extent (Fig. 2d). JM performs consecutive approach–release cycles
at every pixel of the sample. In each cycle, known as force vs.
distance z curve (FZ, Fig. 3a), z-piezo approaches tip and sample
from noncontact (label 1 at Fig. 3a) until establishing mechanical
contact (label 2 at Fig. 3a) and reaching certain feedback force
(label 3 at Fig. 3a). After a few milliseconds, the z-piezo retracts
about 100 nm until releasing the tip from the surface (label 4 at
Fig. 3a) [24]. Subsequently the scanner moves laterally to the next
pixel, and the process starts again. In air condition (Fig. 3a, left)
forward and backward curves are similar after releasing the surface
and the feedback force (Fig. 3a, right) is always above cantilever
deflection. An AFM cantilever experiences a viscous drag while
moving up and down in liquid, giving rise to a hysteresis loop
(Fig. 3b, left). As the cantilever approaches the surface, the drag-
ging force produces a deflection that hides the tip-sample contact
point (Fig. 3b, right). If the dragging deflection equals the

Fig. 3 Force curves used for imaging in JM. (a) Illustrates the normal force signal
during an FZ in air condition (left) and the corresponding cartoon (right) remark-
ing the set point of the maximum Fn. (b) Same that of “a” in water. (c) Corrected
FZ after subtracting the viscous force (Reprinted with permission from [25].
Copyright 2012 Elsevier)
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feedback set-point force the z piezo retracts before tip-sample
contact. This imposes to the feedback set-point force to be higher
than the viscous drag (Fig. 3b, left). This viscous hysteresis can be
removed in jumping mode plus [25] from the curve (Fig. 3c, left),
allowing to use set point feedback forces of about the cantilever
thermal noise, i.e. ~50 pN (Fig. 3c, right). Although AFM dynamic
modes have also able of imaging protein shells in liquid conditions,
it is difficult to control the applied force [26].

3.2 Dilation The typical radius of the tip apex for usual cantilevers (OMCL-
RC800PSA) is ~20 nm, and it is comparable to the protein shells
diameter. In this case, tip size plays an important role on the image
resolution by inducing a lateral expansion, namely dilation, of the
specimen [27]. Since dilation very often impairs high resolution in
proteins, it is convenient to estimate how tip-size is going to affect
to AFM images. WSxM software implements a geometrical dilation
algorithm that allows simulating the dilation of protein shells struc-
ture. By using Chimera software [28] it is possible to access to a
particular protein shell structure, such as the electron microscopy
model. The “Surface Color By Height” option generates a gray-
scale image that captures the topography variation in a given orien-
tation. The TIFF format of this image can be imported by WSxM
software and calibrated (www.WSxMsolutions.com) (see Note 5).
The dilation algorithm asks for the tip radius, and the dilated
structure is calculated (seeNote 6). Figure 4 exemplifies the dilation
of P22 bacteriophage prohead EM structure [29]. Figure 4a shows
the twofold symmetry oriented EM model used for dilation with a
10 nm in diameter tip (Fig. 4b). AFM image of a twofold oriented
P22 shell (Fig. 4c) present similar conspicuous features to those of
Fig. 4b. Dilation strongly depends on the tip size, as shown in
Fig. 4d.

3.3 Mechanical

Properties of Protein

Shells:

Nanoindentation

Single FZ experiments consist on pushing on the top of a selected
protein shell (Fig. 5a) (see Note 7). The FZ is executed on the
particle at a constant speed that can vary from tens of nm/s to a
couple of hundreds of nm/s, in order to allow the water leaving the
virus when it is squeezed [30]. After the contact between tip and
particle is stablished, FZ typically shows an approximate linear
behaviour, which corresponds to the elastic regime of the shell
and ascribes to the mixed bending of the cantilever and sample
deformation (Fig. 5b, label 2). By controlling the z-piezo elonga-
tion, it is possible to go back and forth several times, and the
particle elastically deforms in a reversible way. When the z-piezo
elongation surpasses the critical indentation, particle breaks
(Fig. 5c) inducing a variety of peaks in the FZ, that resemble the
penetration of the tip apex trough the cage (Fig. 5b, 3). Afterwards
FZ is linear again and represents the cantilever bending. By
performing an FZ on the substrate, and assuming that it is much
more rigid that the cantilever, we can obtain the cantilever
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deformation (Fig. 5b, solid line) (see Note 8). The subtraction of
sample from substrate curves allows isolating the deformation of
the cage (Fig. 5d). From these data we can obtain a few mechanical
parameters: Fitting of the elastic part from 0 to 8 nm results in the
stiffness or spring constant of virus shell (k ¼ 0.18 N/m). The
breaking or yield force is the force value when the elastic regime
finish at 8 nm (Fb ¼ 1.4 nN). The critical indentation δc, is the
deformation of the virus when it breaks (8 nm). Thin shell theory
relates the protein shell stiffness with the Young’s modulus as

k � Et2

R, where t is the thickness of the shell and R its radius [31].

The area enclosed between forward and backward curves from
indentation 0 up to 8 nm is the energy used to break the cage. In
this case, it is about 8.8 nm � nN, i. e. 8.8 � 10�18 J or 2140 kBT,
which approaches the order of magnitude of the total energy used
for assembling all the proteins [32]. In addition, the critical strain
εc ¼ δc/h, where h is the initial height of the protein cage as
measured with AFM, informs about the brittleness or the mechan-
ical stability of protein cages [17]. In this case, εc ¼ 8/60 ¼ 0.13
(see Note 9).The analysis of the chaotic part of the data after the
breaking point provides further information. For instance, in vaults
particles it was associated with the individual proteins unzipping

Fig. 4 Dilation effects in the protein shell of bacteriophage P22. (a) Represents
the EM-1826 model of P22 bacteriophage oriented at the twofold symmetry axis.
(b) Dilated data of (a) obtained with a tip of 10 nm in diameter by using the
dilation algorithm of WSxM software. (c) AFM image of a single P22 bacterio-
phage oriented at twofold symmetry axis. The cartoon of (d) indicates the dilation
as a function of the tip size: dark, dark-gray and light-gray curves are the
topographical profiles obtained with tips of 0.5, 10.0, and 15.0 nm in diameter,
respectively
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while the particle was being broken [15]. The precise control of
nanoindentation permits the access to the inner cargo of protein
cages. Specifically, the consecutive application of nanoindentaion
cycles in human adenovirus crack-open the shell in a controlled
fashion to probe the mechanical properties of the core [33]. These
mechanical properties relate with the condensation state of dsDNA.

3.4 Molecular

Fatigue and

Disassembly

The breaking force describes the maximal force survivable by the
shell and collapses the particle by inducing large and uncontrollable
changes in its structure. It is thus difficult to derive consequences
about disassembly, since in the cycle of many virus shells, for
instance, disassembly takes place by losing individual capsomers in
an ordered manner [6]. A protein cage must also resist a constant
barrage of sublethal collisions in crowded environments [34].
Equipartition theorem provides an estimation of the energy trans-
ferred in a molecular collision to be ~32 kBT , which is far below that
the energy supplied by single indentation assay experiments.

Fig. 5 Single indentation assay on a HAdV particle. (a) Cartoon showing the three main stages during
nanoindentation experiment on a protein cage: before contact (1), during deformation, (2) and after breaking
(3). (b) AFM topographies before and after nanoindentation showing a crack with the typical inverted pyramid
shape due to the tip. (c) Evolution of Fn along the z-piezo elongation. Forward curve exhibits the three stages
commented in a. (d) Nanoindentation data extracted from c, showing the shell deformation. Inset compares
topographical profiles of b

AFM of Nanocages 289



Imaging of individual protein shells with AFM in jumping mode
requires thousands of load cycles (FZs) at low force (~100 pN per
pixel, Fig. 3c) [25]. A rough estimation indicates that ~10kBT is
transferred to the particle at every cycle [35], very close to the
molecular collisions value. The continuous imaging of a particle
enables the evaluation of any structural alteration while subjected to
cycle load at low forces (see Note 10). In this vein, molecular
fatigue experiments have demonstrated to be a disassembly agent
able of recapitulating the natural pathway of adenovirus uncoating
[25]. Therefore molecular fatigue provide additional mechanical
information by reporting on shell stability against such multiple
deformation cycles at low force (~100 pN) [36], well below the
breaking force (Fig. 5d). Let us exemplify the molecular fatigue
methodology in the case study of lambda bacteriophage [35] which
infects E. coli. Upon maturation, cementing protein gpD adds to
hydrophobic patches of the external surface of the expanded shell
[37]. Molecular fatigue offers an excellent workbench for probing
the resistance of undecorated and decorated particles by mimicking
molecular impacts. The experiment consists on continuously imag-
ing individuals of each structure and monitor the creation of the
first damage (Fig. 6). The label of each topography (Fig. 6a) indi-
cates the times that the particle has been scanned from being intact
to collapse. The average loading cycles needed for first damage on
seven and eight undecorated and decorated particles, respectively,
are depicted in Fig. 6b. It is worth to notice that a force of 120 pN
was used on decorated particles, because 100 pN was not enough
to induce any damage [35].

3.5 AFM/

Fluorescence

Combination

Here we discuss the methodology for studying the mechanical
unpacking of protein shells by combining AFM and Total Internal
Reflection Fluorescence Microscopy (TIRFM). When a virus is
broken, its genome releases outside the cage, but it does not
necessary attach to the surface and it is difficult to monitor this
process with AFM solely. However, fluorescence microscopy allows
exploring non-immobilized biomolecules. The genome exposure
can be tracked with a DNA-specific intercalating fluorescent dye
(YOYO-1) that can only access the DNA after the capsid has been
opened (Fig. 7a). The integration of a single molecule fluorescence
microscope with AFM requires to monitor the fluorescence signal
at the surface to avoid not only the background signal of the AFM
probe itself, but also the light coming from the bulk solution [38].
By using TIRFM, the tip apex and cantilever remain largely out of
the evanescent excitation field (~100 nm) [39]. Figure 7b shows
simultaneous FZ and fluorescence signals while the particle is being
cracked with FZ: fluorescence emission starts right after the particle
is broken. Figure 7c presents simultaneous AFM and fluorescence
images of a single HAdV particle before and after nanoindentation.
Fluorescence image shows emission only after the particle is
broken.
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3.6 Electrostatic

Characterization

Although there is a variety of AFM dynamic methods to measure
electrostatic charge [40, 41] we will focus in the simplest method-
ology based in nanoindentations assay. It is convenient to take a
careful look at the contact between tip and sample of Fig. 5d. We
see that this contact does not show a sharp kink but it is a little

Fig. 6 Mechanical fatigue of lambda bacteriophage shells. (a) AFM topographies undecorated and decorated
particles, showing intact, damaged, and collapsed states. Labels indicate the number of images obtained on
the same particle. (b) Average number of cycles applied to induce the first damage on decorated and
undecorated particles (Adapted from [35])
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curved. The origin of this curvature is the repulsive electrostatic
force between the protein cage and the Si3N4 tip, both negatively
charged. In particular, when the tip approaches the protein shell,
the interaction force before contact can be described in the frame of
Derjaguin-Landau-Verwey-Overbeek model (DLVO) [42], which
accounts for repulsive electrostatic double layer (EDL) forceFELD
an van der Waals FvdW forces. The Debye length (see Note 11)
determines the range of the electrostatic forces (double Debye
layer). The Debye length depends of the concentration of the
electrolyte c in the solution as λDe 1

ffiffi

c
p (see Note 12). Thus, salt

concentration is as a knob to either maximize or remove the elec-
trostatic interaction (see Note 11), even in the case of large charge
densities. While high salt concentration decreases λD to low values
and suppress electrostatics until very short z (sharp kink in FZ), low
salt concentration increases λD and facilitates the detection of elec-
trostatics (soft kink in FZ, see Note 12). If we use HOPG for as
supporting surface for protein cages (Fig. 8a), the neutral character
of this substrate would suppress FEDL. However, electrostatics will

Fig. 7 AFM/fluorescence combination. (a) Sketch of AFM/fluorescence combination for monitoring the access
of YOYO-1 to released DNA. (b) Simultaneous force and fluorescence data during a nanoindentation experi-
ment that disrupts the particle. (c) AFM and fluorescence images of a HAdV particle before and after releasing
DNA (Reprinted with permission from [38]. Copyright 2015 American Chemical Society)
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be detectable if there exists any density of charge on it. Figure 8b
shows nanoindentations performed on the HOPG substrate (dark)
and the virus (gray) of Fig. 8a. While FZs on HOPG show a sharp
kink just before contact due to FvdW, indentation data on virus show
a soft landing of the cantilever due to electrostatic repulsion FEDL.
The charge of a particle can be estimated by fitting nanoindentation
curves to two-sphere DLVO models [43].

4 Notes

1. When peeling from the HOPG or mica surface with adhesive
tape, be careful on leaving a flat surface as much as possible.
Watch out on micrometer whiskers formed on dangling pieces
on the area where the meniscus will be. These whiskers would
crash with the cantilever while scanning.

2. Pipet right at the center of the substrate. The solution meniscus
covers a circle with a 5–10 mm in diameter.

3. From a practical point of view predictions on proteins shells
adsorption are difficult to make, and one uses the try-and-error
methodology to find the best conditions.

4. In order to avoid a drastic bending that can break the cantilever
when it is soaked in the liquid meniscus, it is convenient to wet
the cantilever with ~20 μl of buffer before immersion.

5. Produce tiff images where the shell structure is centered and
occupies about 1/4 of the image size. If shell structure is too
big, dilation will expand the structure outside the image. Do
not use more than ~1000 � 1000 pixels, since images will be
too heavy to be processed.
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Fig. 8 Electrostatics. (a) AFM topography of a phi29 bacteriophage on HOPG. (b) FZs performed along the
labels of (a): HOPG (dark) and particle (gray) (Reprinted with permission from [43]. Copyright 2015 Royal
Society of Chemistry)
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6. Start using low tip radius for testing purposes, such as 1 nm,
since large values increase the computation time. Then increase
gradually this value until ~50 nm.

7. Zoom the particle in a progressive way by reducing the x–y
scanning size until the bump of the very top is under the whole
scan (~50 � 50 nm2) and switch-off y scan. Progressive means
to reduce the scanning size sequentially: 1 μm2, 0.36 μm2,
0.09 μm2, 0.01 μm2, and 0.025 μm2; always centering the
scanning on the particle. This procedure helps to reduce the
effects of thermal drift and piezo-drift.

8. It is convenient to perform FZ before and after each experi-
ment on the particle to account for any change of the laser
position on the cantilever due to thermal drift.

9. This value implies that the particle deforms about 13% before
breakage.

10. Although keeping the AFM head inside a thermal isolation box
to avoid thermal drift is always a good idea, it is specially
recommended for this kind of experiments where a particle
has to be imaged many times.

11. The interaction between two planes is expressed by:

FDLVO ¼ FEDL þ F vdW ¼ 2σsσp
ε0ε

e
�z
λD � H a

6πz3 where σs and σt are

the charge density of sample and tip, respectively; εε0 is the
dielectric constant times the permittivity of vacuum; z is the
tip-sample distance, Ha is the Hammaker constant of the-
sample system, and λD is the Debye length.

12. For the monovalent NaCl salt concentration of 2 mM,

λD ¼ 0:304
ffiffiffiffiffiffiffiffiffi

0:002
p ¼ 6:8 nm [42].
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Chapter 16

Combined Magnetic Tweezers and Micro-mirror
Total Internal Reflection Fluorescence Microscope
for Single-Molecule Manipulation and Visualization

Yeonee Seol and Keir C. Neuman

Abstract

Magnetic tweezers is a versatile yet simple single-molecule manipulation technique that has been used to
study a broad range of nucleic acids and nucleic acid-based molecular motors. In this chapter, we combine
micro-mirror-based total internal reflection microscopy with a magnetic tweezers instrument, permitting
simultaneous single-molecule visualization and mechanical manipulation. We provide a simple method to
calibrate the evanescent wave penetration depth via supercoiling of DNA with a fluorescent nanodiamond-
labeled magnetic bead and a complementary method employing a surface-immobilized fluorescent
nanodiamond.

Key words Magnetic tweezers, TIRF, Image tracking, Single-molecule enzymology

1 Introduction

Magnetic tweezers (MT) is a highly versatile and technically simple
to implement single-molecule manipulation technique that pro-
vides control over force and torque on micron-sized magnetic
particles [1–4]. Magnetic tweezers have been used to study the
mechanical properties of nucleic acids and nucleic acid-protein
interactions [5–10]. Moreover, the technique is well-suited for
the study of enzymes that affect DNA topology such as topoisome-
rases since the topology of rotationally constrained DNAmolecules
can be precisely manipulated and measured [11, 12].

In a typical MT assay, a biomolecule such as DNA is attached to
a micron-scale magnetic bead at one end and the surface of a
microscope flow cell at the other end via a biotin-streptavidin
linkage, an antigen antibody linkage, or a covalent chemical linkage
[13]. An external magnetic field, typically, but not exclusively,
imposed by a pair of permanent magnets, applies force and torque
on the magnetic particle. The position of the magnetic particle is
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tracked in real-time by camera-based particle-tracking analysis with
typical acquisition rates of 30–500 Hz for CCD cameras and up to
10 kHz for CMOS cameras [1, 3, 14–16]. A conventional magnetic
tweezers instrument is capable of applying forces from a few fem-
tonewtons (10�15 N) to hundreds of piconewtons (10�12 N)
dependent on the size of the magnetic particle and the magnet
configuration [17]. Force is calibrated as function of the height of
the magnet relative to the surface of the flow cell by tacking the
Brownian motion of a magnetic particle tethered by a long DNA
(>10 kb) and applying either equipartition theorem or power
spectrum analysis [18–20]. Camera-based magnetic tweezers track-
ing routines generally obtain the three-dimensional position of a
magnetic particle with an accuracy of ~1 nm (10�9 m) or better at a
sample rate of ~100 Hz [14] and up to 10�10 m at lower effective
sampling rates [14, 15]. As is the case for all single-molecule
manipulation techniques, MT can only probe biological activities
that lead to a change in the position of a magnetic particle asso-
ciated with a change in DNA extension caused, for example, by a
change in tension or torsion applied to the DNA or by protein
enzymatic or binding activity that alters the extension or mechani-
cal properties of the DNA. However, for enzymes that bind or
move along DNA without altering the mechanical properties of
the DNA, these activities cannot be detected. This limitation can
result in an incomplete or ambiguous understanding of DNA-
enzyme interactions. Questions concerning the number of enzymes
associated with activity, their binding affinity, their direction of
movement on the DNA, and the relationship between binding
and mechanical activity, among many others are challenging, if
not impossible, to resolve solely with manipulation-based measure-
ments. Recently, a hybrid technique [21–24] that combines MT
with total internal reflection fluorescent microscopy (TIRF) was
developed, which overcomes these limitations on understanding
DNA-enzyme interactions by providing orthogonal information
to the mechanical signal obtained with conventional magnetic
tweezers.

TIRF is a frequently employed wide-field single-molecule fluo-
rescent technique that generates a sub-wavelength localized excita-
tion above the surface of the flow cell (evanescent wave) reducing
the background noise and subsequently enabling single-molecule
fluorescent detection with a sensitive fluorescent detection camera.
The physical principle of total internal reflection and the generation
of an evanescent wave is well explained elsewhere [25, 26]. Briefly,
the evanescent wave is generated when the incident light is totally
reflected at the interface between two media of different refractive
indices, i.e., the interface between glass and water. The condition
for total reflection is easily explained in terms of Snell’s law at which
the incident angle of light at the interface is larger than a critical

angle, θc ¼ arc sin n2

n1

� �
where n1 and n2 are the refractive indices of
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the first and secondmedium, respectively. The amplitude of the sine
function cannot exceed 1, setting a condition for the total internal
reflection to only occur when n1 is larger than n2. The intensity of
the evanescent wave decreases as ~exp(�z/d) where z is the dis-
tance from the surface of the interface and d is a characteristic
penetration depth expressed as:

d ¼ λ

4π
n2
1sin

2θ1 � n2
2

� ��1
2 ð1Þ

Here λ is the wavelength of the excitation light and θ1 is the
incident angle that should equal or exceed θc, in order to achieve a
total internal reflection. As shown in Eq. 1, the penetration depth,
d, can be tuned to the optimal value for different applications.
For Förster resonance energy transfer (FRET) measurements, the
FRET signal provides a measure of the absolute distance between
two dyes, thus the calibration of the evanescent wave is not strictly
required as the short penetration depth serves primarily to reduce
background noise. On the other hand, a longer dmay be useful for
tracking out of plane (along the optical propagation, or z-, axis)
motion, for example, to measure the motion of a fluorescently
labeled DNA helicase moving along an extended DNA molecule,
or to capture the full three-dimensional motion of a DNA-tethered
particle [27]. The motion of the fluorescently labeled helicase can
be deduced from the intensity change. However, in order to esti-
mate the distance, it is necessary to calibrate the TIRF field intensity
profile along the z-axis. In principle, the field profile can be esti-
mated based on d calculated using eq. 1 by precisely measuring the
incident angle [28]. Recently, the development of a hybrid MT-
TIRF instrument [29, 30] makes it feasible to directly obtain the
TIRF field profile along the z-axis by measuring the autofluores-
cence intensity change of a magnetic bead as its height above the
surface is decreased by supercoiling the DNA tether [31].

In this chapter, we provide a detailed description of how to
incorporate micro-mirror-based total internal reflection fluores-
cence microscopy (TIRF) into magnetic tweezers (Fig. 1). Instead
of using a dichroic mirror, we utilize two micro-mirrors to intro-
duce the excitation laser into, and collect the reflected excitation
light from, the objective lens (Fig. 1). This configuration simplifies
multi-wavelength excitation and also reduces the effort and cost to
separate the excitation light from the emission path [32, 33]. Using
the combined instrument, we employ DNA supercoiling as a way to
calibrate the penetration depth of an evanescent wave similar to the
method discussed in [31]. Previously, the autofluorescence of a
magnetic bead was utilized to calibrate the penetration depth. In
our method, we use biotinylated fluorescent nanodiamond (bio-
FND) labeled magnetic beads that are tethered to DNA molecules
since the autofluorescence of the magnetic beads is significantly
reduced in our set-up (Excitation at 560 nm and emission
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Fig. 1 (a) Schematic of magnetic tweezers combined with micro-mirror total internal reflection fluorescence
microscopy. The bright-field imaging path is indicated by a solid yellow line. The 590 nm light emitting diode
(LED) is collimated and weakly focused by multiple lenses (L5, L6, L7, and L8) onto the sample via a turning
mirror (M0.5). The sample is imaged on to a CCD with a 60� oil immersion objective lens (OL) and a 150 mm
achromatic lens (L9). The illumination light passes through a 590 nm bandpass filter (F4). The excitation light
path is indicated by a solid green line. 560 nm excitation is obtained by passing a supercontinuum laser source
through a heat absorbing colored glass filter (F1) to remove the IR region and a 560 nm bandpass filter (F2).
The laser beam is expanded tenfold via two lenses (L1 and L2) with a pinhole placed at the focus of L1 to
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>640 nm) (Fig. 2a). FNDs are fluorescent particles that are excited
under broad range of excitation wavelengths (~500–600 nm) and,
importantly, are indefinitely optically stable [27, 34]. The emission
intensity of FNDs decrease in a magnetic field, but this effect
saturates at ~50% for a applied field of ~500 Gauss or greater
[34]. Thus, the FNDs are saturated for the majority of our force
range (>0.2 pN) and their fluorescent intensity remains constant.
In order to set a desired d, we establish the relationship between d
and the distance of the micro-mirror (mm1) to the center of the
optical axis, r as in the micro mirror TIRF set-up, the incident
angle, θ1 is adjusted by changing r (Fig. 3a). We measure d for a
range of r from subcritical to supercritical conditions by supercoil-
ing the DNA to which the FND bound magnetic particle is
attached as shown in Figs. 2 and 3. We also provide a complemen-
tary method to estimate d based on the intensity of surface-
immobilized fluorescent particles. The emission intensity from an
immobilized fluorescent particle is expected to vary as exp(�zfixed/
d(r)) for a particle at a fixed z position zfixed. We show that the
intensity of a fixed, non-bleaching, particle provides a complemen-
tary measurement of d as a function of r (Fig. 3b). To set d in situ,
we characterize r vs d using a simple exponential function rather
than using Eq. 1 (Fig. 3c). In addition, we characterize Ifixed vs d by
fitting with Ic exp(�FNDr/d) using Ic and FNDr as free fitting
parameters (Fig. 3c). Together these calibration routines provide a
means to precisely define the intensity versus z-position relationship
that affords quantitative fluorescent-based measurements of pro-
tein binding and translocation on DNA extended in the magnetic
tweezers instrument.

2 Materials

2.1 PCR Reaction

for DNA Substrate

Preparation

2.1.1 PCR Templates

1. pET28b plasmid (EMD4Biosciences).

2. pBluescript II KS plasmid (Stratagene).

2.1.2 PCR Primers 1. 5 kb forward: 50 GCTGGGTCTCGCAAC-GAAACCCGACA
GGACTATAAAG 30.

�

Fig. 1 (continued) spatially filter the excitation light. The excitation beam is refocused and directed into the
objective lens via a lens (L3) and multiple mirrors (two M1 and mm1). The totally internally reflected light
emerging from the objective is directed by mm2 to a beam block. The emission light is reflected by a dichroic
mirror (DC) and imaged onto an EMCCD via OL and a 400 mm focal length lens (L4). The emission light is
filtered with a 640 nm long-pass filter (F3). (b) Picture of magnetic tweezers combined with micro-mirror TIRF.
The micro mirrors (highlighted with red dashed circle) located under the objective back aperture are shown in
the inset
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2. 5 kb reverse: 50 GCTGGGTCTCGACCA-CTCTGATGCCG
CATAGTTAAG 30.

3. Bio handle forward: 50 GCTGGGTCTCGGTTG- TTCCC
TTTAGTGAGGGTTAATTG 30.

4. Dig handle forward: 50 GCTGGGTCTCGTGGT-TTCCC
TTTAGTGAGGGTTAATTG 30.

5. Dig/Bio Handle Reverse primer: 50 TATAGTCCTG
TCGGGTTTCG 30.

Fig. 2 Calibrating the evanescent wave penetration depth by simultaneously measuring FND emission
intensity and the z-position of DNA tethered magnetic particle as a function of DNA supercoiling. (a) Rotation
of magnetic bead by turning the magnet assembly results in overwinding (positive turn) or underwinding of
DNA (negative turn). At 1 pN, underwinding of DNA results in no significant change in DNA extension due to
melting of DNA duplex (inset left) whereas overwinding of DNA leads to reduction of DNA extension because of
plectoneme formation after the buckling transition (inset right). As DNA extension (left axis) decreases, the
magnetic bead labeled with a FND approaches the surface and the fluorescence emission intensity increases
(right axis, FND). (b) FND emission intensity is plotted as a function of DNA extension and fitted with an
exponential to estimate the evanescent field penetration depth, d
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Fig. 3 (a) A simple description of the relationship between the incident angle, θ1 and the micro-mirror lateral
displacement r. The lateral movement of the micro-mirror under the objective lens (r) results in a change of the
incidence angle, θ1¼ asin(r/n1f) at the interface between glass and the medium (buffer). Here f is the effective
focal length of the objective lens and n1 is the refractive index of glass. rc indicates the critical displacement at
which total internal reflection occurs. (b) d and the intensity of FND immobilized on surface, Ifixed, are plotted
as a function of r. The characteristic penetration depth, d, and Ifixed decrease as r increases beyond rc (dashed
vertical line). Ifixed is normalized by its maximum intensity. The calculated d from Eq. 1 (blue solid line) is
overlaid with the experimentally measured d. (c) r and Ifixed are plotted as a function of d and individually fitted
with exponential functions
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2.1.3 PCR Enzymes,

Nucleotides and Kits

1. Phusion High-Fidelity DNA polymerase (M0530, NEB) and
supplied buffer.

2. Taq DNA polymerase (M0273, NEB) and supplied buffer.

3. 100 μM Deoxynucleotide (dNTP) Solution.

4. Biotin-16-dUTP (11093070910, Roche).

5. Digoxigenin-11-dUTP (11093088910, Roche).

6. DNA purification kit (QIAquick PCR purification kit, Qiagen).

2.1.4 Restriction Enzyme

Digestion

1. BsaI-HF (R3535, NEB) and supplied buffer.

2. Products from PCR reactions.

3. DNA clean-up kit (11732668001, Roche).

2.1.5 DNA Ligation 1. T4 DNA ligase (M1804, Promega) and supplied buffer.

2. Products from restriction digestion reactions.

2.1.6 DNA Tethering 1. Anti-digoxigenin, polyclonal (11333089001, Roche).

2. 1� Phosphate buffered saline (PBS).

3. Trizma base.

4. NaCl.

5. Products from DNA ligation reaction.

6. Bovine serum albumin (BSA).

7. Tween-20.

8. Magnetic beads (Dynabeads MyOne Streptavidin T1; 35,601,
Invitrogen).

9. Wash buffer (WB): 1� PBS, 0.1% w/v BSA, 0.01% v/v
Tween-20.

10. Bead wash buffer (BWB): 10 mM Tris (pH 7.5), 1 M NaCl.

2.1.7 TIRF Calibration Biotinylated fluorescent nanodiamonds (e.g. Adamas
Nanodiamonds).

2.1.8 General Supplies 1. 200 μl thin-wall PCR tubes.

2. 1.5 ml Eppendorf tubes.

2.2 Coverglass

Cleaning

1. #1½ cover glass (24 mm � 60 mm).

2. #1 cover glass (24 mm � 60 mm).

3. KOH pellets (3141, JT Baker).

4. 95% ethanol (3791, Macron).

5. Glass beaker, 1 l.

6. Cover glass holder (custom made).

7. Sonicator.
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2.3 Sample Cell

Assembly

1. Cleaned coverglasses.

2. Nylon standoff (10SC008062; 10SC002037, McMaster
Carr).

3. 58 μm thickness adhesive transfer tape (9671LE, 3M).

4. CO2 Laser engraver/cutter.

5. Bead blaster cabinet.

6. Epoxy.

7. Vacuum grease.

8. Acetone, HPLC grade.

9. Ethanol, HPLC grade.

10. 2 μm Polystyrene beads (PS05N, Bangs Laboratories).

2.4 Magnetic

Tweezers and

Micro-mirror TIRF

Components

Listed in Table 1.

3 Methods

3.1 Construction of

Magnetic tweezers

and Micro-mirror TIRF

The physical principle of magnetic tweezers and the details of the
instrumentation have been extensively described in previously pub-
lished chapters [1, 3, 17].Here, we focus on updated information on
the magnetic tweezers instrumentation and protocols. Briefly, the
custom-built magnetic tweezers are comprised of two permanent
magnets that are controlled by a linear translationmotor and a rotary
stepper motor. The hollow shaft of the stepper motor allows us to
directly mount the magnet holder to the motor, which replaces the
belt-driven systems used to controlmagnet rotation. This assembly is
located above the sample cell centered along the z-axis of the illumi-
nation and imaging path. The sample cell is mounted on a custom-
built cell holder that sits on a pair of stacked piezo-driven stages; one
that provides nanometer scale position control in three dimensions,
the other that provides large displacements in the x–y plane, which
replaces a manual stage (Fig. 1b). The stages were mounted via four
1.500 posts to an optical bread board that was modified with addi-
tional mounting threads, a cut-out for the 95 mm structural rail and
a 30 mm through-hole for the optical path. The magnetic tweezers
instrument is assembled on a vibration isolation table andhoused in a
temperature-controlled and vibration-isolated clean room. The
95 mm structural rail supports the magnet and illumination assem-
blies (Fig. 1b). The illumination source is a 590 nmLED light that is
weakly focused using four lenses (Fig. 1).

Our micro mirror TIRF (mmTIRF) system was assembled
following the protocol of Larson et al. [32] with a few
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modifications (Fig. 1). In order to incorporate themmTIRF system,
a custom objective lens mount was machined and attached to a
vertical stage that provided manual coarse focus control. Directly
underneath the back aperture of the objective lens, two micro mir-
rors are glued to two individual 3/3200 square machine key stocks
that are each fitted to a key shaft on a 3-D axis stage (Fig. 1b). Two
stacked cage cubes below the objective are centered on the optical
axis. The top cube holds a dichroic that reflects the fluorescent
emission from the objective onto a EMCCDcamerawith an imaging
lens after passing through an emission filter. The bottom cube holds
a turning mirror to steer the illumination light from the objective to
an imaging lens, which projects an image onto a CCD camera.

3.2 Making DNA

Substrate

3.2.1 PCR Reaction for a

5 kb DNA

1. Prepare 1� 1.5 ml Eppendorf tube and 6� 200 μl PCR tubes
on ice.

2. Add the following components to the 1.5 ml tube and mix well
by gently rocking the tube ten times.

Component
50 μl
volume

300 μl
volume

Final
concentration

Nuclease-free water To 50 μl To 300 μl

5� Phusion HF Buffer 10 μl 60 μl 1X

100 μM Forward Primer 0.25 μl 1.5 μl 0.5 μM

100 μM Reverse Primer 0.25 μl 1.5 μl 0.5 μM

pET28-b 5 ng 30 ng <5 ng/μl

10 mM dNTPs 1 μl 6 μl 200 μM

Phusion DNA Polymerase 0.5 μl 3 μl 1.0 units/
50 μl PCR

3. Transfer 50 μl of the reaction mixture to each PCR tube and
run PCR reaction using the following condition.

Step Temp. �C Time

Initial denaturation 98 30 s

30 cycles 98
66
72

10 s
15 s
2 min 30 s

Final extension 72 30 min

Hold 4

4. Check the size of PCR products on a 1% DNA agarose gel.

5. After PCR reaction, purify DNA using PCR purification kit.
Follow the provided protocol but at the final step before
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adding the elution buffer, do an additional 5 min spin down to
remove any residual wash buffer. Additionally, increase the
incubation time to 15–30 min before collecting the DNA
sample after adding the elution buffer.

6. Quantify DNA product and its purity.

3.2.2 PCR Reaction for

Bio- or Dig-Labeled DNA

Handles

1. Prepare 2� 1.5 ml Eppendorf tubes and 12 � 200 μl PCR
tubes on ice.

2. Add the components to 1.5 ml tube, depending on the reaction
volume and labeling type (one for biotin and the other for
digoxigenin) andmix well by gently rocking the tubes ten times:

Component
50 μl
reaction

300 μl
reaction

Final
concentration

Nuclease-free water To 50 μl To
300 μl

10� standard Taq Buffer 5 μl 30 μl 1�
100 μM Forward Primer (either
bio or dig)

0.25 μl 1.5 μl 0.5 μM

100 μM Reverse Primer 0.25 μl 1.5 μl 0.5 μM

pBluescript II KS 1 ng 6 ng

low dTTP-dNTP mixture
(10 mM of dATP, dCTP,
dGTT and 7.0 mM of dTTP)

1 μl 6 μl 200 μM except
for dTTP
(140 μM)

Either Biotin-16-dUTP or
Digoxigenin-11-dUTPa

3 μl 18 μl 60 μM

Taq DNA pol 0.5 μl 3 μl 1.0 units/50 μl
PCR

aLower this amount if PCR is not working, particularly for digoxigenin

3. Transfer 50 μl of the reaction mixture to 6 individual PCR
tubes and run the following PCR reaction.

Step Temp., �C Time

Initial denaturation 95 30 s

30 cycles 95
60
68

30 s
30 s
2 min

Final extension 68 30 min

Hold 4

4. Check the size of PCR products on a 1% DNA agarose gel.

5. After PCR reaction, purify DNA using PCR purification kit.
Follow the provided protocol but at the final step before
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adding the elution buffer, do an additional 5 min spin down to
remove any residual wash buffer. Additionally, increase the
incubation time to 15–30 min before collecting the DNA
sample after adding the elution buffer.

6. Quantify DNA product and calculate the molar concentration.

3.2.3 Restriction

Digestion

1. Add the following components in a 200 μl PCR tube:

Component 50 μl reaction

Nuclease-free water To 50 μl

10� Buffer 4 5 μl

PCR product <1 μg

BsaI-HF 2 μl

2. Restriction digestion reaction.

Step Temp. �C Time

Incubation 37 6 h

Add additional 2 μl BsaI-HF
to the reaction sample

37

Incubation 37 6 h

Stop reaction 65 20 min

Hold 4

3. Purify the digestion product using purification kit (Roche).
Follow the provided protocol but at the final step before adding
the elution buffer, spin down the tube for 5 min to remove any
residual wash buffer. Additionally, incubate the sample tube
after adding the elution buffer at 65 �C for 5min before elution.

4. Quantify the purified DNA and calculate the molar
concentration.

3.2.4 T4 DNA Ligation 1. Add the following components in a 200 μl PCR tube:

Component 50 μl reaction Final concentration

Nuclease-free water To 50 μl

10� T4 DNA ligase Buffer 5 μl 1�
5 kb ~0.50 pmol 10 nM

Biotinylated DNA handlea ~0.50 pmol 10 nM

Digoxigenin DNA handlea ~0.50 pmol 10 nM

T4 DNA ligase 1 μl 1 unit

aTypical concentration.
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2. T4 DNA ligation reaction.

Step Temp., �C Time, h

Incubation 25 3

Incubation 16 15

Hold 4

3. Run the ligated product on 1% DNA agarose gel to check the
ligation efficiency. If the ligation efficiency is less than 80%,
redo the restriction digestion and repeat ligation.

3.3 Preparing and

Assembling Sample

Cells

3.3.1 Cover Glass

Cleaning (Notes 1–2)

1. Place cover glasses in a Teflon cover glass holder that holds the
cover glass vertically.

2. Prepare enough KOH-ethanol solution (6% w/v) in a 1 l glass
beaker to submerge cover glass holder (~500 ml).

3. Sonicate the cover glass in the KOH solution for 30 min.

4. Remove the holder and place it in a 1 l glass beaker containing
deionized water.

5. Sonicate for 30 min.

6. Repeat steps 4 and 5 twice.

7. Take out the holder and rinse each cover glass 2–3 times with
deionized water to remove remaining KOH.

8. Squirt 100% ethanol over each cover glass.

9. Dry the cover glass either by microwaving for 3 min or baking
for 15 min at 150 �C.

10. Store the cover glasses in an air-tight container.

3.3.2 Sample Cell

Assembly

1. Assemble a sample cell by attaching a cleaned top glass
(#1 coverglass with two inlet holes) to a bottom glass (#1–1/
2 coverglass) with double-sided tape with a central
40 mm � 4 mm channel (Fig. 4). The channel is cut in the
double-sided adhesive using a CO2 laser engraver/cutter. Two
2 mm diameter through-holes are drilled on the top coverslip
using a bead blaster and a soft plastic template.

2. Two different sizes of nylon screw inserts are attached at the
centers of the individual holes for the buffer reservoir (larger
one) and the outlet (small one) channels by spreading vacuum
grease on the bottom surface and applying epoxy around the
edge of the inserts.

3. Cure the epoxy for an hour.

3.3.3 Stuck Bead

Generation (8–10 Sample

Chambers)

1. Add 200 μl of deionized water in a 1.5 ml Eppendorf tube.

2. Add 2 μl of 2 μm polystyrene beads (4% w/v) to the tube and
mix by quickly vortexing.
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3. Sonicate the bead solution for 5 min.

4. Add 200 μl of Acetone to the bead solution and mix by quickly
vortexing.

5. Introduce ~40 μl (slightly larger than a sample chamber vol-
ume) of the bead solution to each sample chamber immediately
after step 4.

6. Incubate for 10–20min. The distribution of stuck beads on the
surface can be checked on a microscope.

7. Wash the sample cell with 200 μl of deionized water followed
by 300 μl of 100% ethanol (HPLC grade).

8. Completely remove ethanol from chamber using a vacuum
line.

9. Bake sample cells on a hot plate at 125 �C for 15 s.

3.4 Preparing a

Sample for TIRF

Calibration

1. Mix 3 μl of anti-digoxigenin solution (0.2 mg/ml in 1� PBS),
1 μl of 0.2 nM coilable DNA (Subheading 3.1 above), 10 μl of
5� PBS containing 0.5 mM EDTA, 1 μl of bioFND for surface
immobilization (0.5 mg/ml), and water up to 50 μl.

2. Incubate for 15–20 min at room temperature (RT).

3. Pipette 40 μl into a sample chamber.

4. Incubate the sample chamber overnight at 4 �C or 1 h at RT.

5. Wash the sample chamber twice with 200 μl of wash buffer and
incubate for 10 min.

6. While waiting, pipette 2 μl of a 1% w/v 1 μm streptavidin
magnetic particle suspension and put it in an Eppendorf tube.

Fig. 4 Sample cell assembly. A typical sample cell is composed of a #1–1/2 coverslip as a bottom surface and
a #1 coverslip with two holes separated by 40 mm as a top surface. The two coverslips are attached by
double-sided adhesive film with a rectangular slot that results in a sample channel in the assembled flow cell.
Two different sized nylon standoffs are attached to the centers of the two holes. The larger one is used as a
buffer reservoir and the smaller one is used as an outlet to remove buffer from the sample channel
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7. Pull beads to the bottom of the tube by placing it on top of a
permanent magnet.

8. Gently pipette out the supernatant.

9. Add 200 μl of bead wash buffer (BWB) and vortex the tube
quickly to mix.

10. Repeat steps 7–9 three times.

11. After the final wash, instead of adding BWB, add 50 μl of WB.

12. Introduce the bead solution into the flow-cell and wait for
30 min.

13. Remove unbound beads by washing 1 ml of WB through the
sample chamber.

14. Add 5 μl of 0.5 mg/ml bioFND inWB and incubate overnight.

15. Before use, remove unbound FND by washing 1 ml of WB
through the sample chamber.

3.5 TIRF Field

Calibration (Note 3)

1. Add one drop of oil immersion oil on top of the objective lens
and place a prepared sample cell on the sample cell holder.

2. Adjust the objective lens focus on a surface-immobilized FND
based on the fluorescent image of FND.

3. Find a coilable DNA molecule and a surface immobilized FND
in the same field of view.

4. Adjust the micro-mirror position, r (Fig. 3a) to maximize the
fluorescent intensity of the FND, which corresponds to an
incident angle close to the critical angle for total internal reflec-
tion (Fig. 3b).

5. Set the force to 1 pN and perform supercoiling of DNA by
rotating the magnet from 0 to 52 turns. Do the following
measurements each turn:

l Measure the fluorescent intensity of FND that is immobi-
lized on the surface, Ifixed.

l Measure the magnetic bead position by video tracking [1, 3]
and the intensity of FND attached to the bead simulta-
neously (Fig. 2).

6. Repeat the measurements (step 4 and 5) for increasing r.

7. Estimate d by fitting the fluorescent intensity as a function of
z-position (Fig. 2b) for all r positions.

8. Obtain the relationships between Ifixed and d as well as r and d
by fitting an exponential function that will be used as a calibra-
tion to adjust r to obtain a desired d (Fig. 3c).
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4 Notes

1. Use the ethanol and KOH from the listed vendors as we have
found that KOH pellets do not dissolve well and/or the solu-
tion becomes cloudy if KOH and ethanol from different
sources are used, which results in poor cleaning efficiency.
Alternatively, if KOH or ethanol from other sources are used,
the cleaning efficiency should be carefully evaluated.

2. KOH-ethanol solution can be reused at least 3–4 times.

3. The profile of Ifixed(r) and subsequently the relationship
between Ifixed and d depends on the size of the surface-
immobilized FND. When using this calibration to set d, make
sure that the maximum intensity of the surface immobilized
FND and the profile of Ifixed(r) are similar to those of the FND
used in the initial measurement of the relationship between
Ifixed and d.
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Chapter 17

Tethered Particle Motion: An Easy Technique for Probing
DNA Topology and Interactions with Transcription Factors

Daniel T. Kovari, Yan Yan, Laura Finzi, and David Dunlap

Abstract

Tethered Particle Motion (TPM) is a versatile in vitro technique for monitoring the conformations a linear
macromolecule, such as DNA, can exhibit. The technique involves monitoring the diffusive motion of a
particle anchored to a fixed point via the macromolecule of interest, which acts as a tether. In this chapter,
we provide an overview of TPM, review the fundamental principles that determine the accuracy with which
effective tether lengths can be used to distinguish different tether conformations, present software tools
that assist in capturing and analyzing TPM data, and provide a protocol which uses TPM to characterize lac
repressor-induced DNA looping. Critical to any TPM assay is the understanding of the timescale over
which the diffusive motion of the particle must be observed to accurately distinguish tether conformations.
Approximating the tether as a Hookean spring, we show how to estimate the diffusion timescale and discuss
how it relates to the confidence with which tether conformations can be distinguished. Applying those
estimates to a lac repressor titration assay, we describe how to perform a TPM experiment. We also provide
graphically driven software which can be used to speed up data collection and analysis. Lastly, we detail how
TPM data from the titration assay can be used to calculate relevant molecular descriptors such as the J factor
for DNA looping and lac repressor–operator dissociation constants. While the included protocol is geared
toward studying DNA looping, the technique, fundamental principles, and analytical methods are more
general and can be adapted to a wide variety of molecular systems.

Key words Tethered particle microscopy, DNA looping, lac repressor, Brownian motion

1 Introduction

Tethered Particle Motion (TPM) assays are simple but powerful
tools for characterizing the effective length and behavior of various
biomolecules. The basic idea behind TPM is to use a macromole-
cule of interest (such as DNA) to tether a sub-micron-sized, mobile
reporter particle to an immobile point on a surface. The tethered
particle exhibits Brownian motion influenced by rapidly changing
configurations of the tethering molecule. By tracking the particle,
the end-to-end distance of the molecule can be monitored and used
to create length vs. time recordings that can be interpreted in terms
of molecular conformations. TPM has been used to measure
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kinesin-driven motion, transcription by RNA polymerases, protein
synthesis, transcription factor–DNA binding, and to characterize
transcription factor-mediated DNA loop topology [1–14]. In this
chapter, we review the principles of TPM and detail how to employ
it to study lac repressor-mediated DNA looping.

In E. coli the lac repressor (LacI) regulates the genes responsi-
ble for lactose metabolism. It represses transcription by binding the
O1 sequence (operator) adjacent to the lacZ promoter of the lac
operon. Two additional binding sites, O2 and O3, allow tetrameric
LacI to form one of three possible looped structures. To simplify
the looping topology, DNA sequences used in TPM experiments
typically include only two operators. In addition to the wild-type
operators, there is a palindromic operator,OS, for which LacI has an
affinity roughly five times that of O1 [15, 16]. LacI concentration
modulates the probability of LacI-induced looping; however, loop
formation events depend on fluctuations of the DNA molecule,
which themselves are affected by physical factors including pro-
tein–DNA binding, distortions in the DNA molecule, and length
of the DNA loop.

The mechanics of double-stranded DNA have been well stud-
ied, and at lengths longer than 150 bp it readily forms loops due to
thermally induced fluctuations [17, 18]. The propensity of a DNA
molecule to loop can be characterized using a quantity called the
“J” factor [19]. The J factor is essentially a measurement of the
effective, local concentration of one end of the looping segment
relative to the other, and has units of molarity. The length of the
loop segment greatly influences J factor values [20]. Over short
lengths, the flexural stiffness of DNA prevents bending, which
lowers the J factor. Intermediate lengths bend more easily and the
ends meet often enough to spontaneously form loops. Long
lengths also bend easily, but as the randomly coiled polymer
extends through larger volumes, it becomes statistically unlikely
that the two ends of a DNA molecule will meet, yielding a low J
factor. The J factor versus length dependence has been measured in
several experiments. For 400 bp-length loops, such as those
measured here, J is in the range 1–20 nM [19, 21].

In the protocol that follows, we use a DNA construct contain-
ing the OS and O1 operators. Since looping depends on one LacI
tetramer binding simultaneously to two operators, the likelihood of
forming such a loop has a modal dependence on LacI concentra-
tion. Below 1 pM, a LacI tetramer is unlikely to occupy either
operator, and although random thermal fluctuations may bring
the operators together, no repressor stabilizes this conformation.
In the range up to 1 nM, the OS operator is very likely to be
occupied, given that the dissociation constant, KD, of OS is about
8–10 pM [13, 16]. This OS-bound tetramer can stabilize a loop if
the corresponding O1 operator is unoccupied. As a result, looping
probability depends primarily on the J factor of the DNA sequence
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and the degree of O1 occupancy. At higher LacI concentrations
(>KD of O1 ¼ 0.82 nM; see below), separate tetramers occupy
both operators, and reciprocally inhibit stabilization of a loop.

TPM experiments offer insight into the thermodynamics and
kinetics of looping reactions. These reactions manifest as switching
between distinct looped states, each with distinct effective tether
lengths. Longer tether states correspond to unlooped DNA, while
looped tethers are shorter. The ratio of the time spent in looped
conformations divided by the duration of the experiment is propor-
tional to the free energy of the reaction and indicates the looping
probability

ploop �
T loop

T unloop þ T loop
: ð1Þ

For LacI concentrations between the KD values of OS and O1,
OS will remain occupied while O1 occupancy changes. In that
range, one can expect an approximately linear relationship between
the ratio of time spent in the unlooped and looped states and the
LacI concentration [19, 20].

T unloop

T loop
� 2KD,O1

J loop
þ 2 LacI½ �

J loop

: ð2Þ

1.1 Parameters

Affecting TPM

Accuracy

Efforts to characterize the caveats and limitations of TPM include
experimentation, numerical simulation, and analysis rooted in first-
principles [8, 20, 22–26]. In this section, we summarize those
caveats and highlight critical features of TPM experiments.

The customary readout of TPM experiments is the root mean
square of excursions by the particle about the anchor point of the
tether.

ρRMS ¼
ffiffiffiffiffiffiffiffiffi
ρ2h i

q
¼

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
x � �xð Þ2 þ y � �yð Þ2

D Er
: ð3Þ

For linear macromolecules, such as DNA, the value of ρRMS

scales with tether length; however, the precise functional relation-
ship between the two depends on the physical characteristics of the
molecule. At lengths greater than ~100 bp, DNA is well described
by a worm-like chain polymer model [27]. In the absence of
boundary constraints (i.e. chamber wall and reporter particle),
statistical-dynamics leads one to expect

ρRMS �
ffiffiffiffiffiffiffiffiffiffiffiffi
2lpL0

q
, ð4Þ

where lp is the chain’s persistence length (about 50 nm for DNA in
physiological salt conditions) and L0 is the contour length (about
0.34 nm/bp) [28]. In practice, however, steric effects of the
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chamber wall and reporter particle alter this scaling behavior [23].
While there is no analytical solution for the exact relationship
between ρRMS and length, numerical simulations and
corresponding experiments have been used to estimate the scaling
law when a bead and wall are included [23, 24, 29].

When relating ρRMS to tether length, the time interval over
which the excursion is averaged should be chosen carefully. The
diffusive motion of the reporter particle is correlated over short
time intervals such that the position of a particle at time t0 þ δt is
related to the position at time t0. Consequently, averaging over
excessively short time intervals will underestimate the excursion
(hρ2iΔt < hρ2i1). Approximating the tether as an entropic spring
that pulls the reporter particle with a characteristic Hookean spring
constant,K, illustrates this problem. In this case, the Smoluchowski
equation describes the time evolution of the probability distribu-
tion of the location of the reporter particle. For Hookean-spring
type systems the solution to that differential equation is

P x, t jx0, t0ð Þ / exp �K
x � x0e

�2 t�t0ð Þ=τ� �2
2kBT � S t ; t0ð Þ

 !
, ð5Þ

where

S t ; t0ð Þ ¼ 1� exp �4 t � t0ð Þ
τ

� �
, ð6Þ

with time constant

τ ¼ 2kBT

KD
, ð7Þ

and D is the diffusion constant given by the Stokes-Einstein equa-
tion [30]

D ¼ kBT

6πηR
: ð8Þ

In the limit t ! 1, the distribution decays to the steady-state

P xð Þ / e
� Kx2

2kBT , ð9Þ

which yields a mean square excursion of ρ2
� �

1 ¼ 2kBT
K . Equation 5

shows that the probability distribution for a particle localized at
position x0, P(x, t0) ¼ δ(x � x0), will decay to the steady-state
distribution with time constant τ, the approximate temporal reso-
lution for TPM. For short time scales Δt � τ, the tether has a
negligible effect on the particle trajectory which exhibits apparently
unrestricted diffusion. Consequently, to detect changes in the
properties of the tether (such as length or effective spring constant)
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those changes must endure/be observed for longer than τ, the time
required for the particle to diffuse such a distance that the work
done on the tether approaches the scale of the available thermal
energy (Eq. 7).

In the low-force regime, DNA has an effective spring constant
of K � 3kBT

2L0Lp
[30]. For a 900 bp tether and a particle with radius

R ¼ 160 nm Eq. 7 yields a time constant of τ � 18 ms. In practice,
this is only a lower estimate. Experimental measurements of τ
produce values nearly twice as large as predicted [31]. One
reason for the disparity is that the effective diffusion coefficient of
a particle increases near a wall, increasing the time constant
[22, 32].

For a series of independent measurements of a normally
distributed quantity, we can establish with what confidence the
variance of the distribution lies within the limits

N � 1ð Þs2
χ21�α

2,N�1

< σ2 <
N � 1ð Þs2
χ2α
2,N�1

, ð10Þ

whereN is the number of samples, s2 is the sample variance and χ2 is
the chi-square distribution for critical value α and N � 1 degrees
of freedom. For TPM, because particle positions are correlated
over timescales shorter than τ, the relevant sample number N is
the number of measurements made with frequency 1/τ [20],
yielding

N � Δt
τ
: ð11Þ

In summary, two main factors establish the limits for studying a
given macromolecular system using TPM: the expected scale
of changes in tether length, and the time scale of those changes.
As a rough approximation, the length and stiffness of a molecule
can be used to estimate the expected RMS-excursion (Eq. 4).
Similarly, the tether length and stiffness, along with the size of the
reporter particle can be used to estimate the relevant time
scale (Eq. 7) and confidence limits for a given measurement
(Eqs. 10 and 11).

The TPM protocol included in this chapter reveals the looping
of a DNA segment due to the binding of lac repressor protein to
flanking operator sites. Previous experiments have demonstrated
that such loops persist for many seconds. The approximate lengths
of the tether were 909 bp (~300 nm) before and 509 bp (~170 nm)
after looping. Those lengths translate to expected RMS-excursions
of approximately 180 and 130 nm respectively, with a time-
constant τ � 20–40 ms. When comparing the variance of two
populations the ratio of variances follows the F-distribution with
confidence limits given by (see Note 1)
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s21
s22

1

F α 2ð Þ,N 1�1,N 2�1

� �
<

σ21
σ22

<
s21
s22

F α 2ð Þ,N 1�1,N 2�1

� �
: ð12Þ

Additionally, the number of samples needed to resolve the two
populations with a significance level α and power 1 � β is given by

N � Z α 2ð Þ þ Z β 1ð Þ

ln
σ2
1

σ2
2

2
64

3
75
2

þ 2, ð13Þ

where Z is the inverse of the cumulative normal distribution. Using
Eq. 13 with significance α¼ 0.05 and power 1� β ¼ 0.9, and given
our estimates for ρRMS, N ¼ 28 observations are required. Assum-
ing a time constant of τ ¼ 40 ms, that translates to an averaging
interval of Δt ¼ 1.12 s.

2 Materials

2.1 Microscope and

Camera

The technical requirements for TPM are relatively simple. SeeNote
2 for tips on microscope and camera selection. One implementa-
tion includes:

1. An upright DM LB2 Microscope (Leica Microsystems GmbH,
Wetzlar, Germany).

2. A 100� 1.2–1.4 numerical aperture, oil-immersion objective
(Leica).

3. A Dark-field condenser unit (Leica).

4. A JAI GigE CM-140GE Camera (JAI Inc., San Jose, CA).

5. A custom-built PC running Windows 7 �64, with an Intel i7
Quad-core 3.4 Ghz processor and 8 GB RAM.

6. MATLAB version R2014b or newer acquisition and analysis
software.

2.2 Particle Tracking

Software

The protocol presented here featured custom software based on
MATLAB and MicroManager (www.micro-manager.org). It
includes a routine for real-time tracking of particles in dark field
images based on a radial symmetry detection algorithm [33]. The
algorithm used for tracking particles in DIC images calculates an
intensity weighed center-point in a specified region of interest.
Both routines are included with the control software (http://
www.physics.emory.edu/faculty/finzi/research/code.shtml). For
alternative particle-tracking routines see Note 3.

2.3 Stock Solutions Unless otherwise noted, all reagents were stored at 4 �C. To mini-
mize risk of contamination with nucleases, all stock solutions and
reaction buffers should be prepared using nuclease free, Milli-Q
water.
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1. Nuclease-Free Milli-Q Water.

2. 10� Phosphate Buffered Saline (PBS).

3. 3 M Potassium Chloride Solution.

4. DMSO.

5. 0.5 M EDTA Solution.

6. 1 M Tris–HCl pH 7.4.

7. 10 mM Tris–HCl pH 8.0.

8. Ethanol 100%.

9. 100 mM DTT (store at �20 �C).

2.4 Buffers 1. Pre-wash buffer: 10 mM Tris–HCl pH 7.4, 0.1 mM EDTA,
0.5 mg/mL α-casein, 200 mM KCl.

2. Experiment (“λ”) buffer: 10 mM Tris–HCl pH 7.4, 0.1 mM
EDTA, 0.1 mg/mL α-casein, 200 mM KCl, 5% v/v DMSO,
0.2 mM DTT (see Note 4).

3. DNA binding buffer: 10 mM Tris–HCl pH 7.4, 200 mM KCl.

2.5 Preparation

of DNA Tethers

1. 1 μg/mL pYY-I1_400 plasmid DNA (see Note 5).

2. Forward Primer: 10 μM 50-Biotin-(C6)-tgggaaggagaagataa-
gatgg-30 stored in 10 mM Tris–HCl pH 8.0. Purchased from
Eurofins MWG Operon LLC, Louisville, KY. See Note 6.

3. Reverse Primer: 10 μM 50-Digoxigenin-cgttagggtcaatgcgggtc-
30 stored in 10 mMTris–HCl pH 8.0. Purchased from Eurofins
MWG Operon LLC. See Note 6.

4. Taq polymerase with 10� Standard Taq Buffer (New England
Biolabs, Ipswich, MA).

5. 10 mM dNTP mix (New England Biolabs).

6. QIAquick PCR Purification Kit (QIAGEN Inc., Valencia, CA).

7. Nuclease-free 200 μL PCR Tubes.

8. Thermocycler (MJ Mini Thermal Cycler, Biorad,
Hercules, CA).

9. UV spectrophotometer (NanoDrop, Thermo Fisher Scientific).

2.6 Tethered

Particles

1. 200 μg/mL polyclonal sheep anti-digoxigenin antibody in 1�
PBS (Sigma-Aldrich, St. Louis, MO).

2. 1% w/v Streptavidin-coated polystyrene microspheres 320 nm
(Spherotech Inc., Lake Forest, IL).

3. Microcentrifuge.

2.7 Flow Chambers Note: Glass slides used to construct chambers were washed with
18 MΩ deionized water.

1. Laboratory tissue.

2. Alconox detergent.
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3. Parafilm spacer cut to form chamber to hold 45–50 μL of fluid
(See Note 7).

4. 75 � 25 mm standard microscope slide.

5. 22 � 22 mm microscope coverslip.

6. Microscope slide staining rack (Electron Microscopy Sciences).

7. Coverslip staining rack (Electron Microscopy Sciences).

8. Hot plate.

9. Humid storage box: petri dish or empty pipette tip box with
wet sponge placed at the bottom.

10. Bath sonicator or, alternatively, an orbital shaker.

2.8 LacI Titration 1. lac repressor was provided by Kathleen Matthews at Rice
University.

3 Methods

3.1 Producing DNA

Tethers Using PCR

1. Mix the following in a thin-walled PCR tube.

Reagent Concentration Volume (μL)

Milli-Q Water 23.8

Taq polymerase buffer 10� 3.0

pYY-I1-400 100 ng/μL 0.1

Taq Polymerase 5 U/μL 0.5

dNTP Mix 10 mM 0.6

forward primer 10 μM 1.0

reverse primer 10 μM 1.0

Total (μL) 30.0

2. Set thermocycler to execute the following sequence. See
Note 8.

Step Name Time (min) Temp. (˚C)

1 Initial denaturation 2:00 95

2 Denaturation 0:15 95

3 Annealing 0:30 51

4 Elongation 0:45 68
Go To 2 (repeat 30–40�) – –

5 Final Elongation 1:00 72

6 Final Annealing 5:00 37
Hold – 4

324 Daniel T. Kovari et al.



3. Purify the amplicon using a QIAquick PCR cleanup kit
following the manufacturer’s protocol. Elute DNA in 50 μL
of 10 mM Tris–HCl pH 8.0. Verify the 909 bp linear DNA
amplicon by electrophoresis through a 1% agarose gel in TAE
buffer.

4. Measure the concentration of DNA by UV absorption. See
Note 9.

5. Dilute the DNA to a final concentration of 20 ng/μL (about
30 nM) in 10 mM Tris–HCl pH 8.0.

3.2 Flow Chamber

Assembly

3.2.1 Prewashing

1. Rinse microscope slides and coverslips with deionized water to
remove dust or other debris.

2. Place slides and coverslips into staining racks and submerge in a
jar filled with 0.5% w/v Alconox detergent in deionized water.

3. Sonicate slides for 15–30 min or agitate slides on an orbital
shaker for 1–2 h.

4. Remove the slides from the Alconox solution and rinse thor-
oughly with tap water for 15 min.

5. Rinse the slides with deionized water by placing staining racks
in a jar of fresh deionized water. Repeat 3–4 times.

6. Place the slide rack in ethanol and store sealed, at room tem-
perature until you are ready to use the slides.

3.2.2 Assembly 1. With forceps remove a slide and coverslip from ethanol and
carefully dry with N2 or filtered compressed air. Be sure to
inspect slides for streaks or water spots. Place in a closed
container to shield from dust.

2. If using laser-cut Parafilm spacers, place a spacer in a beaker of
ethanol to soften the paper backing. Once backing has soft-
ened, use a scalpel or razor to tease the edge until the backing
can easily be removed.

3. Place the Parafilm spacer between two tissues to remove etha-
nol droplets and allow it to dry for about a minute.

4. Next place Parafilm spacer on glass slide and then cover with
coverslip, leaving wells on either side exposed. See an assembled
chamber in Fig. 1.

5. Set a hot-plate to a low setting, 50 �C. Place the glass chamber
on the hot-plate surface to gently melt the Parafilm without
sputtering or boiling. The Parafilm spacer becomes clear and
tacky as it melts. Using a metal spatula or tweezer press the
coverslip to seal the Parafilm to the glass surfaces and force any
bubbles out of the melting Parafilm. Note that bubbles can
cause leaks in the chamber.

6. Once the spacer has sealed to the glass surfaces, remove the
chamber from the hot plate. The Parafilm should turn cloudy
as it cools. See Fig. 1.
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3.2.3 Anti-digoxigenin

Functionalization

1. Flush the chamber with PBS by pipetting 100–200 μL of
solution into a well at one end (inlet) of the serpentine channel
under the coverslip. Capillary force should draw the fluid into
and fill the chamber.

2. Further rinse the chamber by adding more buffer to the inlet
well and then touching a tissue to the solution emerging from
the opposite end of the channel (outlet). As the solution wicks
into the tissue at the outlet, additional fluid is drawn through
the channel inlet. Gently draw the solution through the cham-
ber without exhausting the supply of solution at the inlet to
prevent bubbles from entering the chamber.

3. Dilute the anti-digoxigenin stock to produce 200 μL of a
4 μg/mL solution in PBS. Repeat the previous step, to
exchange the buffer within the chamber with the antibody
solution.

4. Place the chamber in a sealed, humid box and store at 4 �C
overnight or room temperature for approximately 1 h.

3.3 Preparing

Tethered Particles

1. Dilute 2.5 μL of 1%w/v 320 nm dia. Streptavidin-coated par-
ticles into 200 μL of 1� PBS. Be sure to vigorously mix the
stock particle suspension before use as particles will settle dur-
ing storage.

2. Centrifuge the diluted suspension at 17,000 � g for 2 min. to
form a pellet. Discard the supernatant and resuspend in PBS.
Repeat once.

3. Centrifuge the diluted suspension again at 17,000 � g for
2 min. to form a pellet and remove the supernatant. Resuspend
the particles in DNA binding buffer and mix vigorously to
break up bead aggregates.

Fig. 1 A TPM chamber. The parafilm spacer was cut using a laser cutter and melted between the microscope
slide and coverslip. The exposed ends of the channel serve as reservoirs for depositing/removing fluid
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4. Wash excess anti-digoxigenin out of the chamber by gently
flushing ~200 μL of PBS through the chamber.

5. Gently flush the chamber with 150 μL of pre-wash buffer and
incubate for 5–10 min at room temperature.

6. Mix 1 μL of 20 ng/μL DNA stock with 100 μL of DNA
binding buffer.

7. Gently draw 50 μL of the diluted DNA solution into the
chamber and incubate at room temperature for 15 min.

8. Gently flush the chamber with 150 μL of pre-wash buffer. Then
incubate for 5–10 min at room temperature.

9. Draw 50 μL of the bead suspension to the chamber and incu-
bate at room temperature 10 min.

10. Gently flush the chamber with 100 μL of pre-wash buffer to
remove un-bound beads. Store the chamber in the humidity
box at 4 �C for at most 1–3 days before starting an experiment.

11. To begin an experiment, gently flush the chamber with 100 μL
of λ-Buffer, followed by 100 μL of λ-Buffer supplemented with
the desired LacI concentration. To prevent evaporation during
experiments, cover the wells at the inlet and outlet of the
chamber with small pieces of tape. For the data presented
here, LacI was titrated over a range of 150 pM to 20 nM.

3.4 Microscope

Operation

1. Turn on the microscope and dark-field/bright-field lamp at
least 1 h before observing tethers to avoid drift during thermal
equilibration. The chamber should also be at room tempera-
ture to avoid re-equilibration after placing it on the
microscope.

2. Place the chamber on the microscope stage and observe using
the oculars or the live video stream from the TPM capture
program to bring the beads into focus.

3.5 Installing TPM

capture Software

1. After downloading the TPM capture software and MicroMan-
ager, install MicroManager, and copy the TPM capture soft-
ware to an accessible path.

2. Using MicroManager, setup and verify your camera is working
(see instructions on micro-manager.org). Note the camera
device module and device name.

3. Open MATLAB. Navigate to the TPM capture software folder.
Open the “MM-Core” subfolder and run MMsetup_javaclass.
m. It should prompt you to navigate to the folder in which you
installed MicroManager. This will import the interface for
MicroManager into the MATLAB environment.

4. Restart MATLAB.
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5. To run the TPM capture program simply navigate to the folder
containing the script “CaptureTPM.m”. On the first run, it will
ask you to specify the camera module and device names as well
as the pixel scale. This can be measured using a calibration slide
and the ImageJ “caliper.txt” macro included in the “Calibra-
tion Tools” directory with the TPM capture software.

3.6 Data Collection 1. Launch MATLAB, navigate to the folder containing the TPM
capture software, and “run” “CaptureTPM.m”.

2. If using DIC microscopy, select “DIC” in the algorithm selec-
tion drop-down on the “Tracking Controls” window, other-
wise select “Radial Symmetry.”

3. Focus the microscope on the particles at the chamber surface.
Adjust the camera gain and lamp intensity to minimize
“speckle” noise, so that the particles are clearly visible.

4. If chamber is prepared correctly, many of the particles will
jiggle and a few will be immobile. The jigglers are tethered by
DNA molecules. The fixed particles are stuck to the coverglass.

5. From the menu bar in the “Tracking Controls” window select
“Add Track”. A crosshair cursor will appear with which to draw
a region of interest around a particle to begin tracking it.

6. Select 3–6 stuck particles to use as references for drift correc-
tion. Only one suffices but choosing several provides redun-
dancy in case a bead detaches. Select as many moving beads as
desired (Fig. 2). With a modern, multi-core CPU, it is possible
to track more than 30 particles without a loss in performance.

7. Next, select “Experiment ! Record Live Data” from the pro-
gram menu. This launches a dialog for the selection of a direc-
tory in which to save the tracking data. After choosing a
directory, click “Run.” Data will be collected and automatically
saved in the specified directory using a binary-file format. Saved
data can be loaded into MatLab for analysis using the included
TPManalysis Toolbox (next section).

3.7 Analysis of

Tethered Particle

Motion

As introduced in section 1.1, the time-averaged, root-mean-square
of particle excursions reflects the effective tether length. However,
the excursion data recorded for tracked particles must first be
corrected to eliminate drift (Fig. 3), an artifact due to mechanical
instability of the microscope. In addition, data corresponding to
particles with multiple tethers must be culled from the ensemble. A
package of MATLAB scripts for refining and manipulating TPM
data can be found at http://www.physics.emory.edu/faculty/
finzi/research/code.shtml

1. To use the scripts, navigate to directory containing LoadTPM-
data.m, TPManalysis.m and the þTPManalysis package, or
include this directory in the MATLAB path.
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Fig. 2 A screen shot from the microscope control program with regions of interest (boxes) superimposed on a
dark field image of 320 nm, tethered particles. The cursors update continuously within the stationary boxes in
the live image

Fig. 3 TPManalysis–Main Window. Particles are listed in the order of ROI origination along with the standard
deviations along the X and Y directions and symmetry values. Particle 1 is selected as a reference for drift
correction. “Export Data” check-boxes can be toggled to mark data for analysis. The “symmetry” column lists
values for
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2. Run LoadTPMdata.m to load saved TPM data into the
MatLab workspace. If the pixel scale was not specified during
data acquisition, then change this value to reflect the correct
scaling when given the option.

3. By default, LoadTPMdata.m will create a variable called
“TPMdata”, but a different output variable name may be spe-
cified when executing LoadTPMdata.m (e.g. YourVar-
Name ¼ LoadTPMdata();).

3.7.1 Drift Correction The “TPMdata” variable data can be refined with TPManalysis.m, a
toolbox for data selection and drift-correction.

1. In the list of trajectories presented within TPManalysis.m
(Fig. 3), use the check-boxes under “Use Drift” to select the
reference (stuck) particles and click “Apply Drift”. Drift is
calculated by first applying a 1-s moving average to the trajec-
tories for each selected reference particle, and then averaging
the trajectories of all the reference particles, yielding a single
drift-trajectory. The drift-trajectory is then subtracted from
each of the particle trajectories, producing “drift free” traces.
Figure 4 illustrates the trajectories of a tethered particle and an
associated reference particle before drift correction. The two-
dimensional histogram is elongated and plots of the X or Y
positions show clear drift over time. After drift correction, the
two-dimensional histogram for the same particle becomes sym-
metrical and the average X and Y positions remain constant
over time (Fig. 5). The standard deviations along X and Y (σx,
σy) are almost identical for this particle attached to a single
tether, and can be used as rough estimates of tether length.
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Fig. 4 The XY trajectory of a tethered particle before drift correction. (a) A two-dimensional histogram of
particle positions. Shades indicate bin counts (colored online); contours delineate constant height profiles of
the distribution. (b) X and Y positions vs. time trajectories for the tethered bead (dots); the thick lines (red
online) correspond to the 1-s moving average of the trajectory of a single reference particle
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3.7.2 Symmetry Test 1. Particles tethered by multiple molecules often exhibit asym-
metric XY motion. A simple symmetry metric identifies those
that should be discarded from the analysis. For two-
dimensional scatter plots, the distribution of excursions is ori-
ented along the eigenvectors of the covariance matrix forX and
Y positions. The eigenvalues (λ1, λ2 in Fig. 5) indicate the
relative sizes of the distributions along their associated eigen-
vectors [34]. In TPManalysis.m the square root of the ratio of
the eigenvalues ,

ffiffiffiffiffiffiffiffiffiffiffi
λ1=λ2

p
, is used to gauge the symmetry of the

excursions (“Symmetry” column in Fig. 3). Particles with a
root-ratio >1.08 should be discarded as they likely correspond
to a particle anchored by multiple DNA tethers [22].

2. Select the “Export Data” checkboxes for each particle that will
be analyzed further. The checkbox sets a flag in each
corresponding element of the TPMdata structure. After exiting
TPManalysis, type “[TPMdata.Bead.UseForMeasurement]”
on the command line to list the flags. Similarly, the command:
TPMdata.Bead(###).
will list all the data associated with the particle specified by ###.

3.7.3 Restricting Data During an experiment, a particle may transiently stick to the cham-
ber surface, anomalously drift, or be obscured by a freely diffusing
particle passing through the region of interest (ROI). For analyses
in which contiguous recording is not required, data corresponding
to such interruptions may be excluded using the TPManalysis.m
script.
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Fig. 5 The XY trajectory of the tethered particle shown in Fig. 3 after drift correction. (a) Two-dimensional
histogram of particle positions. Shades indicate bin counts (colored online); contours delineate constant height
profiles of the distribution. The standard deviations along x and y (σx, σy) are almost identical for this particle
attached to a single tether. The value of a symmetry indicator,

ffiffiffiffiffiffiffiffiffiffiffi
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, near unity indicates highly symmetric

excursions. (b) X and Y positions vs. time trajectories for the tethered bead after drift subtraction (black dots);
the thick dots (red online) indicate the (unaveraged) trajectory of a reference particle after subtracting drift
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1. To inspect and exclude data, highlight a particle and click
“Exclude Data” to display a new window with buttons to
exclude X or Y data (Fig. 6).

2. Select either “Add Exclusion on X” or “Add Exclusion on Y”
and draw rectangular selections on regions of the X or Y vs.
time plots (respectively) to discard those segments of the data.

3. When finished with drift correction and data exclusion, click
“Done” to export the edited data back to the MATLAB main
workspace. If TPManalysis.m was called without an output
argument, the data will be saved to (or overwrite) a variable
named “TPMdata” in the workspace.

4. Save the modified data using the standard “save” command
(e.g. save(‘YourFileName.mat’,‘TPMdata’); if using default
variable names).

3.8 Looping

Probability

Measurement

Looping and unlooping due to the binding and unbinding of lac
repressor to operators manifests as switching between long and
short RMS-excursions (Fig. 7a). The square of the excursion was
averaged using a moving window 4 seconds wide (see Note 10).
95% confidence limits determined using Eq. 10 were based on a
50 Hz frame rate with exposures of 1 ms such that the window
included 200 points. Due to parallel or anti-parallel DNA align-
ments and switching of the lac repressor between open and closed
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entire segment. Adding exclusions by clicking “Add Exclusion on X” or “Add Exclusion on X” and extending
rectangular selections across segments of the X or Y trajectories renders those segments in gray (red online)
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conformations, LacI-looped states exhibit a variety of topologies
(see Fig. 7b). For more details about loop topology see Note 11.
Looping probability as defined in Eq. 1, can be measured by
calculating the fraction of time that a tether exhibits short RMS-
excursions.

1. For each TPM particle trace, inspect the histogram of <ρ2>4s

values to identify ranges corresponding to unlooped and
looped states. Choose a mean-squared excursion value as a
threshold. Below the threshold, the tether is considered
looped, while above the threshold it is unlooped. Note that
due to differences in bead size, histograms of mean-squared-
excursions are likely to shift slightly from particle to particle.
Consequently, slightly different thresholds may be established
for individual particles. In the case of the tether shown in
Fig. 7b, the threshold was 2.8 � 104 nm2.

2. The total time spent in each state is simply a sum of the number
of samples above (unlooped) or below (looped) the threshold.
Looping probability was calculated on a per-particle basis using
Eq. 1.

3. The looping probability for an ensemble of particles in identical
conditions can be averaged together using a total-duration
weighted average:

ploop ¼
P

ip
loop
i � T total

iP
iT
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i

: ð14Þ
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Fig. 7 Tethered particle excursions in presence of 1 nM Lac-Repressor. (a) Squared-excursion vs. time. Dots
indicate instantaneous excursions of the particle (blue dots online). The black trace shows a 4 s moving
average of excursions. It switches between values of approximately 4 � 104 nm2, 2.3 � 104 nm2, and
1.7� 104 nm2. The largest excursion corresponds to when the tether is unlooped. Lower values correspond to
looped DNA with different topologies. 95% confidence intervals were calculated using Eq. 10. (b) A histogram
of a 4 s moving average of excursions exhibits three peaks. Squared-excursion can be roughly converted to
effective DNA length (upper axis) using Eq. 4 with Lp ¼ 50 nm
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The normal-approximation of the weighted sample vari-
ance can be calculated as

s2W ¼
P

iT
loop
i � p

loop
i � ploop

	 
2
P

iT
total
i

: ð15Þ

The weighted standard error of the mean can be
estimated as

SEMw �
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
s2W �PiT

total
i 2P

iT
total
i

� �2
vuut : ð16Þ

4. After analyzing the data for each LacI concentration, a titration
curve can be assembled and fit to Eq. 2 assuming uninterrupted
occupancy ofOS (Fig. 8). The fit yields aKD of 0.82	 1.76 nM
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Fig. 8 LacI titration for a 400 bp OS–O1 loop. Markers (þ, red online) indicate the
average looping probability at each concentration. Black boxes indicate
	1.96 � SEMW confidence limits as determined using Eq. 17. Error bars (blue
online) indicated weighted standard deviation defined by Eq. 16. The dashed line
corresponds to linear fit of data (Eq. 2) to estimate Jloop and K1. A minimum of 27
tethers were measured at each concentration, with each particle being tracked
for an average of 1400 s
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for LacI binding toO1 and a J factor of 3.79	 0.77 nM. These
indicate that tethering LacI 400 bp away at theOS site increases
the effective concentration of LacI at the O1 site fourfold with
respect to the 1 nM free LacI concentration of the solution.

3.9 Conclusion This chapter is a description of the materials necessary to perform a
typical TPM experiment and includes references to software for
capturing and analyzing TPM data (Subheadings 2.1 and 3.6).
While TPM is relatively simple to implement, care must be taken
to ensure that the time-scales of a process of interest match the
temporal resolution of the technique. To that end, approximating
the tether as a Hookean spring yields a useful first-order approxi-
mation of the time-scales necessary to resolve different molecular
conformations (Eqs. 7–13).

As an example, this TPM protocol was used to quantitatively
assess how lac repressor concentration regulates the stability of
loops in a DNA sequence flanked by lac operators. For these
experiments, the effective tether lengths of the various DNA con-
formations intermittently switched between approximately 400 and
900 bp. Distinguishing the TPM excursions associated with those
looped and unlooped states required observations lasting 1–2 s
(Eq. 13). LacI-induced loop states typically persist for several sec-
onds to minutes, so TPM is an ideal approach for this system.
However, TPM experiments are somewhat tunable in that measur-
ing even faster dynamics using shorter observation times would be
possible for shorter tethers or molecules that have stiffer effective
spring constants, both of which yield correspondingly lower TPM
time constants (Eq. 7).

In this example, a lac titration was used to assess the effect of
both looping energetics (characterized by the J factor) and operator
occupancy via the approximation in Eq. 2. An effective J factor of
3.79	 0.77 nM and a dissociation constantKD � 0.82	 1.76 nM
for O1 are commensurate with what has been reported previously
[19]. Beyond simply distinguishing looped and unlooped states,
TPM also reveals variation in DNA loop conformations, which
manifest as distinct peaks in the histogram of particle excursions
shown in Fig. 7b. In fact, other authors have used TPM, combined
with analysis methods based on Bayesian statistics and hidden
Markov-models, to characterize looped conformations, revealing
differences that would be otherwise unobservable [31, 35].

In summary, TPM is a versatile technique, useful for assessing
protein–DNA interactions and capable of revealing protein-
induced DNA loop conformations that would be difficult to detect
with other techniques. Moreover, the discussion of the technical
underpinnings of TPM presented here is not exclusive to DNA, but
rather applies to any linear macromolecule. Consequently, both the
technique and analytical methods presented in this chapter can be
adapted to a wide variety of molecular systems.
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4 Notes

1. For a Hookean spring potential, particle positions along X and
Y are independent and are drawn from the distribution in
Eq. 5. In the steady-state limit, Eq. 5 simplifies to a Gaussian
with variance σ2 ¼ kBT

K . Assuming the spring constant is the
same along both X and Y, a change of variable from the
joint probability distribution P(x, y) ¼ P(x)P(y) to

P ρ ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
x � �xð Þ2 þ y � �yð Þ2

q� �
yields a Rayleigh distribution

P ρð Þ ¼ ρ

σ2
e�

ρ2

2σ2 : ð17Þ

It is important to note that hρ2iτ is not simply the variance

Var ρð Þ ¼ ρ� ρð Þ2
D E	 


. Rather, in the limit of τ ! 1, hρ2i
¼ 2σ2. Consequently, although the ρ-distribution (Eq. 18) is
non-normal, the Fisher test used in Eq. 12 still applies to
hρ2i since σ comes from the normal distributions of X and Y
positions.

2. In most cases a standard research-grade microscope equipped
with an objective with NA > 1 is sufficient for observing
tethered motion. Particles can be imaged with either dark-
field or bright-field contrast. For bright-field, it is helpful to
image using a contrast enhancement scheme such as DIC or
phase-contrast microscopy. In this chapter we present methods
for both dark-field and DIC imaging; in principle the particle
tracking algorithms could also be adapted for phase-contrast
microscopy.

The choice of camera is slightly more specific. In selecting a
camera one needs to consider the camera speed (frame rate),
minimum exposure time, and effective pixel size when com-
bined with the objective. Equation 7 provides an estimate of
the minimum time interval required to assess Brownian (uncor-
related) motion of a particle. To maximize data-capture rates,
roughly estimate the necessary frame rate with 1/τ. (Slower
rates can be used in conjunction with longer measurement
periods.) Care must also be taken to minimize exposure time.
Excessive exposure time effectively blurs the image of the par-
ticle and shrinks the measured RMS-excursion [34]. For an
exposure of δt, the measured RMS-excursion decreases by a
factor of approximately.

ρmeasured � ρ
τ

δt
1� e�

δt
τ

	 

: ð18Þ

The experiments presented here were conducted with an
exposure time of 1 ms. Using the estimate of τ given in Eq. 7
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this corresponds to a scale factor of 0.98; although, as noted in
the introduction, near-wall drag effects tend to increase τ,
meaning that the actual scaling effect is smaller.

The effective resolution of the camera needs to be chosen
to accurately localize the particle by at least an order of magni-
tude less than the expected RMS-excursion. In the presence of
moderate noise, the tracking algorithms used here localize a
particle centroid to within about 5–10% of a pixel, and improve
with less noise. For our system, the combination of camera and
100� objective has a pixel size of about 65 nm, yielding an
accuracy of 3–6 nm, which is sufficient for discriminating
between ρRMSunlooped

¼ 180 nm and ρRMSlooped
¼ 130 nm.

3. The widespread use of particle tracking techniques in various
fields has led to the development of numerous packages imple-
mented in various computer languages; see http://www.phys
ics.emory.edu/faculty/weeks//idl/ for more software.

4. α-casein can be difficult to weigh and dissolve. Therefore, it is
helpful to prepare a stock solution of 0.2% w/v in 1� Phos-
phate Buffered Saline and store at 4 �C. Dried α-casein should
be stored at �20 �C per the manufacturer’s instructions.

5. Plasmid pYY_I1_400 (available upon request) was constructed
using Gibson assembly (New England Biolabs, Ipswitch, MA)
to simultaneously insert five synthetic fragments into the BsaI
site of pBR322. The first fragment included the T7A1 pro-
moter with CTP-dependent stall site at þ37. Coupling to the
other fragments positioned a proximal OS operator site at
þ261, a distal O1 operator site at þ660, and a terminator at
þ1272. See supplementary info for the sequence.

6. Primers should have strong hybridization (GC-rich) at the 30-
end from which extension must proceed. Many researchers
select primers with G and/or C as the final two bases. Primers
should also be selected to minimize intramolecular hairpins and
intermolecular pairing that would interfere with hybridization
to the template strands. Oligo suppliers offer web pages with
programs for predicting hybridization that might interfere, and
they are useful for discarding undesirable base pairing. In prac-
tice, these predictions are not always accurate and several
primer pairs for a given template sequence may need to be
screened to optimize the yield.

7. Parafilm chamber spacers should be cut to form two 1 mm-
wide channels that lead into a larger 5 mm � 10 mm channel
that forms the central chamber. Parafilm spacers can be cut by
hand using a straight-razor or scalpel using the template in
Fig. 9. Alternatively, a vector template is available for auto-
mated Laser cutting. See Supplementary Information. A 50 W
CO2 laser cutter with the power set to 90% and pulse frequency
of 500 PPI cuts Parafilm without excess melting or charring.
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8. Thermocycling parameters may require adjustment to optimize
PCR yield and specificity. SeeNew England Biolabs website for
tips on maximizing PCR product [36].

9. Most standard UV-Visible spectrophotometers can be used to
measure absorption at 260 and 280 nm. A NanoDropLite
Spectrophotometer from Thermo Fisher is convenient for
determining DNA concentrations.

10. Based on the estimates in Subheading 1.1, 1.12 s should
provide enough data to resolve the two populations with 95%
significance; however, we chose 4-s-long windows which have
often been used for TPM experiments [20].

11. Due to the torsional flexibility of DNA over length scales larger
than 100 bp, LacI binding between two operators can generate
a number of different loop topologies [13, 19, 20]. Each results
in a slightly different effective tether length. For the 909 bp
sequence containing the OS and O1 operators separated by
400 bp, <ρ2>4s is expected to switch between �3 � 104 nm2,
corresponding to the unlooped state, and a looped states
around <ρ2>4s � 2 � 104 nm2. Variation in effective loop
lengths are due to the switching between alternate loop con-
formations. Figure 7b depicts a tether transitioning between
what appear to be three distinct states. The largest corresponds
to the unlooped state and the lower two correspond to looped
topologies. Based onMonte-Carlo simulations and fittingTPM
data to hidden Markov models, the larger of the two looped
state likely corresponds to the DNA forming a crossed-loop,
while the shortest state corresponds to the DNA in one of a few
different uncrossed topologies [13, 19, 20].
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Chapter 18

Single-Molecule Measurements Using Acoustic Force
Spectroscopy (AFS)

Douwe Kamsma and Gijs J.L. Wuite

Abstract

Single-molecule force spectroscopy is a powerful tool to investigate the forces and motions related to
interactions of biological molecules. Acoustic Force Spectroscopy (AFS) is a recently developed measure-
ment tool to study single molecules making use of acoustic standing waves. AFS permits high experimental
throughput, because many individual molecules can be manipulated and tracked in parallel. Moreover, a
wide range of forces can be applied, as well as a force loading rate with range of six orders of magnitude. At
the same time, AFS stands out because of its simplicity and the compactness of the experimental setup. Even
though the AFS setup is simple, it can still be challenging to perform high-quality measurements. Here we
describe, in detail, how to setup, perform, and analyze an AFS measurement.

Key words Acoustic Force Spectroscopy (AFS), DNA tethering, Multiplexed single-molecule
method, Molecular biophysics

1 Introduction

Using single-molecule experiments, properties of individual bio-
molecules are investigated in order to distinguish inhomogeneity
and stochasticity, which are difficult to measure in ensemble mea-
surements. Force spectroscopy explores biomechanical properties
and can thus provide insights in the structure, binding properties,
and interactions of biomolecules [1, 2]. Techniques that can be
used for this purpose are, for example, atomic force microscopy,
optical tweezers, and magnetic tweezers [3, 4]. Here we discuss
AFS, a recently developed technique that uses acoustic standing
waves to apply forces on a field of single tethered biomolecules. The
main advantage of AFS is that it is relatively simple and compact,
and that it works in a highly multiplexed fashion. Forces in AFS can
be applied in the range of sub-pN to hundreds of pNs, with force
loading rates ranging between 10�4 pN/s and 102 pN/s, on
thousands of constructs in parallel. It has been shown that AFS
can be used to study the mechanical properties of DNA molecules,

Erwin J.G. Peterman (ed.), Single Molecule Analysis: Methods and Protocols, Methods in Molecular Biology,
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the strength of DNA–protein interactions and to probe the energy
landscape of antigen–antibody bonds [5].

The original implementation AFS [5] had several drawbacks
and the technique was greatly improved as described in Kamsma
et al., 2016 [6]. A newly developed transparent piezo element [7]
was combined with AFS to allow for trans illumination, improving
the tracking accuracy and the measurable field of view. It was also
shown that AFS can be used with high NA water- and oil-
immersion objectives. The acoustic properties of AFS were
improved by optimizing the layer thickness of the chips in order
to generate a more efficient force at the coverslip side. These
improvements resulted in better optical and acoustic performances
making the AFS more compatible for integration in existing micro-
scopes, giving rise to many new measurement possibilities.

Even though the AFS employs a relatively simple experimental
setup and is even commercially available (LUMICKS B.V.), it can
still be challenging to perform a good single-molecule measure-
ment. Therefore we describe here in detail how to perform an AFS
experiment on DNA molecules. We will list all hardware, software,
and biomaterials necessary to perform an AFS measurement. Fur-
thermore, we will describe in detail the biological protocols used to
make a DNA tethered surface. Lastly, we will describe step-by-step
an AFS measurement, where we select single DNA tethers, calibrat
the force per construct and make an overstretching curve of DNA.

2 Material

2.1 AFS

Experimental Setup

Most AFS experiments are done with the AFS module or the AFS
stand-alone from LUMICKS B.V. The AFS stand-alone is a com-
plete system including microscope, while the AFS module only
includes the chip, the holder and the function generator. Here,
measurements are performed with the LUMICKS AFS mod-
ule together with the following additional equipment is used.

1. Inverted microscope: Nikon eclipse TI equipped with CFI Plan
Fluor DLL 40�, 0.75 NA objective (Nikon) and a tube 0.45�
c-mount adaptor (Nikon, MQD42040).

2. Illumination light: a collimated LED (Thorlabs, M660L4).

3. Digital camera: 1 Megapixel CMOS (Thorlabs, DCC3240M),
recording 60 frames per second at full resolution.

4. Translation stage: multi-axis piezo translation stage (PI,
P-517.2CL), driven by a digital piezo controller (PI,
E-710.4CL).

5. Computer: desktop computer, with two Xeon E5 2643v2 pro-
cessors to run the live tracking software.

6. Oscilloscope: Two channels signal input and data readout by
the computer.
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2.2 DNA Labeling 1. pKYBI plasmid (8393 bp; see Note 1).

2. Cutting enzymes: EcoRI-HF (R3101S) and KpnI-HF
(R3142S), used in CutSmart Buffer (New England Biolabs).

3. Nucleotides: 2 mM dTTP and 0.4 mM Biotin-14-dATP.

4. Klenow Fragment exo-.

5. Custom KpnI_Dig primer: 50-C(T-Dig)CTC(T-Dig)CT CTC
(T-Dig)TC TC(T-Dig) CTT CTC TT GTAC-30.

6. T4 DNA Ligase and T4 DNA Ligase buffer (Thermo
Scientific).

7. Nuclease-free sterile water.

8. PCR Purification kit: we use QIAquick (QIAGEN).

9. Centrifugal filters: Amicon Ultra 0.5 mL (Sigma-Aldrich).

10. Microcentrifuge tubes: DNA LoBind Tubes (Eppendorf).

11. dH2O: ultrapure water.

2.3 Surface

Chemistry Buffers

1. Bleach: <5% (w/v) sodium hypochlorite.

2. 1 M Na2S2O3 in ultrapure water.

3. PBS buffer: 138 mM NaCl, 2.7 mM KCl and 10 mM phos-
phate pH 7.4; supplemented with 5 mM sodium azide and
0.5 mM EDTA.

4. 20 μg/mL anti-digoxigenin antibody from sheep (Sigma-
Aldrich) in PBS. Store aliquoted at �20 �C.

5. Streptavidin coated polystyrene microspheres: 4.5 μm diame-
ter, 0.5% (w/v). Stored at 4 �C.

6. Casein buffer: stock solution 1% (w/v) in PBS.

7. BSA buffer: stock solution 1% (w/v) in PBS.

8. Pluronic (F-127) buffer: stock solution 5% (w/v) in PBS.

9. DNA measuring buffer: PBS buffer supplemented with 0.02%
(w/v) Casein and 0.02% (w/v) Pluronic.

10. 0.5 M Borate, pH 8.3; supplemented with 5 mM sodium azide
and 0.5 mM EDTA.

11. 0.5 M HEPES, pH 7.5.

12. Digoxigenin-NHS: ε-(Digoxigenin-3-0-acetamido)caproic
acid N-hydroxysuccinimide ester.

3 Methods

3.1 Calibrating the

Impedance of the AFS

Chip

The acoustic and electric properties of the AFS chip can bemodeled
[6]; however, we have noticed that significant deviations from the
ideal behavior exist from chip to chip. To account for that, we
calibrate each AFS chip. The resonance frequencies and the
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impedance (Z) of the chip can be determined electronically in the
following way.

1. Connect the AFS chip to the function generator and add a
resistance (R) in series to the chip. Measure with the oscillo-
scope the electrical potential (V) over the piezo and electrical
potential over the piezo plus the resistance (see Fig. 1a).

2. The impedance of the AFS chip can be calculated using Ohm’s
law:

VR ¼ Vall � Vpiezo

I ¼ VR

R
¼ V all � V piezo

R

Z ¼ V piezo

I
¼ V piezo �R

V all � V piezo

Here I is the electric current.

3. Connect the oscilloscope to the computer and sweep the fre-
quency while keeping the voltage constant. Using the equa-
tions above, the impedance can be calculated. An example is
shown in Fig. 1b, here a resonance frequency is found at 14.3
and 15.0 MHz. The impedance is around 80 Ω for both these
resonance frequencies.

3.2 DNA Labeling

Protocol for Surface

Tethering

DNA labeling is performed in three steps (Fig. 2). First a DNA
plasmid is linearized by cutting it with two digesting enzymes and
directly labeled at the 50 side with Biotin using polymerase and
biotin-labeled nucleotides. In the second step, the 30 is labeled
with digoxigenin using a primer. Finally, the DNA is ligated to

Fig. 1 Measuring the impedance of the AFS chip. (a) Electric diagram used to measure the impedance of the
AFS chip. (b) A graph showing the impedance of the AFS chip measured between 13.5 and 15.5 MHz filled
with air and water channel. The arrow shows the used resonance for this chip configuration (14.3 MHz)
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repair the backbone of the DNA. See Note 2 for other constructs.
The detailed procedure is as follows.

1. Mix 27 μL dH2O, 5 μL 10� Cut Smart buffer, 15 μL pKYB1
(216 ng/μL), 1.5 μL EcoRI-HF and 1.5 μL KpnI-HF. Volume
of pKYB1 and dH2O can be adjusted according to the pKYB1
concentration.

2. Incubate for 45 min at 37 �C (a to b in Fig. 2).

3. Use PCR Purification Kit to remove the remaining nucleotides
and elute in 60 μL (see Note 3).

4. Mix 23.5 μL dH2O, 5 μL 10�Klenow buffer, 60 μL pKYBI cut
and purified (step 3), 8 μL of 0.4 mM Biotin-14-dATP, 1.5 μL
of 2 mM dTTP and 2 μL Klenow polymerase exo-.

5. Incubate at 37 �C for 1 h (b to c in Fig. 2).

6. Use PCR Purification Kit to remove the remaining nucleotides
and elute in 30 μL (see Note 3).

7. Mix 5 μL 10� T4 DNA Ligase buffer, 5 μL dH2O, 30 μL
pKYBI cut and purified vector (step 6), 8 μL KpnI-DIG
primer, 2 μL T4 DNA Ligase.

pKYB1
8393bp

EcoRI KpnI

EcoIR 5´ KpnI 3´8370bp
AATT GTAC

AATT GTAC
TTAA
Biotin

GTAC

Biotin Digoxigenin

Biotin Digoxigenin

A

B

C

D

E

Fig. 2 A schematic drawing of the DNA labeling protocol. In the first step (a) the pKYBI DNA plasmid is cut with
EcoRI and Kpnl. This results in a DNA strand with an overhang at the 50 end at one side and an overhang on the
30 end at the other side (b). First the 50 side is labeled via polymerase with Biotin-14-dATP (c). After the primer
can be attached to the 30 end side (d). In the last step the DNA is ligated (e)
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8. Incubate at 23 �C for 2 h (c to e in Fig. 2).

9. Use Amicon Ultra 0.5 mL centrifugal filters to purify the DNA
construct.

3.3 Labelling

Microspheres with

Digoxigenin

Microspheres labelled with digoxigenin are used to stick beads on
the surface in order to correct for drift during the measurement.

1. Mix 8 μL streptavidin-coated polystyrene, microspheres with
30 μM digoxigenin-NHS, 100 mM borate and 0.05% (w/v)
Pluronic in a total volume of 400 μL.

2. Incubate for 3 h at room temperature, while tumbling the
sample constantly.

3. Wash the microspheres by spinning down with 2000 � g,
removing the residue and add 1 mL of 10 mM HEPES plus
0.1% Pluronic. Repeat the washing step two times.

4. Finally, store these beads in 1 mL of 10 mMHEPES plus 0.1%
Pluronic at 4 �C.

3.4 Preparation of

DNA Tethered to the

Surface and

Microspheres

DNA tethered surfaces are prepared fresh each day to prevent
interference between measurements and degradation of the sur-
face. All steps are performed at room temperature and liquids are
flushed in at room temperature.

1. To clean the surface, incubated bleach for at least 10 min. After,
flush the channel dry and flush bleach through again, repeat this
step multiple times. End by flushing it dry and incubated
Sodium Thiosulfate for 10 min, this will inactivate the residual
bleach. Flush with MQ and flush dry. The chamber is now
cleaned and ready for surface preparation.

2. Flush in with PBS and make sure that there are no bubbles in
the chamber. Flush 30 μL of 20 μg/mL Anti-Digoxigenin and
let it incubate for 20 min.

3. For passivation, use a combination of BSA and pluronic is used.
First flush with 400 μL of PBS with 0.2% (w/v) BSA and let this
incubate for 30 min. Then flush with 400 μL of PBS with 0.5%
(w/v) pluronic, Incubate for 30 min.

4. To attach the DNA to the surface, flush first 400 μL of the
DNA buffer. Then Flush in the 30 μL of 11.4 pg/μL DNA and
let it incubate for 20 min.

5. Clean the microspheres before measuring. Take 10 μL of
microsphere solution, add 1 mL DNA measuring buffer and
spin down for 2 min at 2000 � g and remove the residue. Add
1 mL DNA measuring buffer again, spin down for 2 min at
2000 � g and remove residue. Now fill up to 30 μL with DNA
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measuring buffer and add 1 μL of digoxigenin beads (see Sub-
heading 3.3).

6. Flush with DNA measuring buffer. Now flush in the micro-
sphere and let them incubate for 20 min. After, flush out all the
microspheres that have not attached to the surface. Be careful
not to flush too fast, otherwise your tethers will detach from
the surface (see Note 4). The tethers are now ready for
measuring.

3.5 Measurements

on Tethered Particles

The tracking software we used is provided with the stand-alone
LUMICKS system, a previous academic generation of this software
is available online https://figshare.com/articles/AFS_software/
1195874 [5]. The tracking software analyzes the images from the
camera in real time and also controls the function generator and the
piezo stage or step motor. A detailed manual is also provided with
the software.

1. The microspheres can be selected by double-clicking on the
screen. Their X and Y position are directly tracked and dis-
played in the preview tap. Algorithms of determining the posi-
tion of the bead are based on cross correlation (XCOR) [8] or
Quadrant interpolation (QI). Where QI is more precise; how-
ever, XCOR costs less computation power.

2. Before measuring the z dimension, a look up table (LUT) has
to be made, where the range of the LUT has to be bigger than
the maximal extension of the molecule. Here (Fig. 3) a 2.8 μm
DNA molecule is used, when overstretching the DNA mole-
cule it reaches a length of ~4.8 μm. There the range of the LUT
should be bigger than 5 μm.

3. Turn on the Perfect Focus System (PFS), this keeps the objec-
tive at a constant distance from the bottom of the flow cell.

4. The measurement can now be started. A typical measurement is
shown in Fig. 3.

3.6 Data Analysis We use a LabVIEW-based program to analyze our data. This pro-
gram is available online at https://figshare.com/articles/AFS_soft
ware/1195874 [5]. Here we explain how single tethered
constructs can be selected, forces can be calibrated and force–-
distance curves can be extracted. The steps required to make a
force–distance curve of DNA are shown in Fig. 3.

1. To select single tethers we use a histogram of the XY location of
the tethered particle. A typical XY histogram of a particle
attached with a single tether is round and has specific RMS
value (Fig. 3a). To remove double tethers or other none spe-
cific interaction we quantify the XY motion with the RMS and
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symmetry number [9]. A higher symmetry value can suggest a
double tether (Fig. 3b). However, some XY pattern cannot be
explained with single or double tethers only (seeNote 5). Here,
we excluded all tether with a symmetry values lower than 1.4
(Fig. 3c).

2. Remove system drift by subtracting the displacements of at
least two surface-attached microsphere.

3. To determine the end-to-end length of the DNAmolecule, the
anchoring point to the surface should be found. This is done in
a region where no force is applied to the tether (0–20 min
Fig. 3d, e). The X and Y movement is subtracted with their
average location and the minimum of the Z location is used as
the zero position where the bead touches the surface. Using
Pythagoras’ theorem, the end-to-end of the DNA molecule
can be calculated.

4. To calibrate the force-voltage relation, a constant force is
applied on the molecule (22–20 min Fig. 3d, e). Taking the
power spectrum of the X and Y position, the force acting on the
tethered microsphere can be derived from the corner frequency
[10, 11] (see Fig. 3f). To verify power spectrum fit see Note 6.

5. From theoretical considerations it is known that the force scales
quadratically with the voltage [12]. By making a quadratic fit
through the measured forces the set-force can be calibrated for
different voltages (see Fig. 3g).

6. In the final part of the measurement, the voltage is ramped with
a square-root function, resulting in a linear force ramp. Using
the force–voltage relationship a force–distance curve can be
extracted (see Note 7, for fitting the force–distance curve).

4 Notes

1. The pKYBI plasmid is not commercially available anymore;
however, it can be extracted from an E. coli strain that contains
the plasmid. This can be obtained using miniprep kit (27104,
Qiagen). The concentration of a stock can be measured with a
Nanodrop.

2. In this chapter it is explained how to make a DNA-tethered
construct. After making the construct it is relatively straight-
forward to flush in other buffers or proteins and measure the
mechanical effect on the DNA molecules. We use a Dig::anti-
Dig bond to attach the DNA to the surface and Biotin::strep-
tavidin to attach the DNA to the beads. The DNA molecule
could also be replaced with any other biomolecule to measure
the mechanical properties, as long as it has the digoxigenin and
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biotin handles. At last, rupture forces could be measured as
seen in Sitters et al. [5] or even more elegantly by using DNA
nanoswitches [13].

3. For PCR Purification, the protocol of QIAGEN can be used.
We modified the elution volume for optimal reaction concen-
tration of the DNA in the next step. Also, we decreased the
centrifugation force to 12,000 � g to reduce nicking of the
DNA.

4. Flushing liquid through the flow cell can be tricky: flow drag
acting on a bead attached to the surface can result in breaking
the construct. To prevent this, flow speeds can be controlled
with a syringe pump. Another way to control drag forces is to
keep an air column in the syringe, since air is compressible this
will slow down the flow in the chamber.

5. XY location histograms of tethered particles can vary substan-
tially in shape due to multiple tethers, nonspecific interactions,
inhomogeneous microspheres or irregularities in the surface
[14]. By analyzing the XY motion the DNA-tethering protocol
can be optimized.

6. The way we fit our power spectrum is described by Norrelykke
and Flyvbjerg [11]. It fits the corner frequency and the diffu-
sion coefficient. The corner frequency depends on the force
applied; however, the diffusion coefficient dependence could
be theoretically predicted from the bead size and the distance
from the surface [15]. It is always a good check to see if the
theoretically predicted diffusion coefficient overlaps with the
fitted one.

7. The force–distance curve of DNA can be fitted with the Worm
Like Chain (WLC) model. Since this model uses three non-
independent variables it can be quite tricky to get reliable fit
values. In Broekmans, O. D. [16] a method is described to do
this fitting in a reproducible way.
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Chapter 19

Repurposing a Benchtop Centrifuge for High-Throughput
Single-Molecule Force Spectroscopy

Darren Yang and Wesley P. Wong

Abstract

We present high-throughput single-molecule manipulation using a benchtop centrifuge, overcoming
limitations common in other single-molecule approaches such as high cost, low throughput, technical
difficulty, and strict infrastructure requirements. An inexpensive and compact Centrifuge Force Microscope
(CFM) adapted to a commercial centrifuge enables use by nonspecialists, and integration with DNA
nanoswitches facilitates both reliable measurements and repeated molecular interrogation. Here, we
provide detailed protocols for constructing the CFM, creating DNA nanoswitch samples, and carrying
out single-molecule force measurements.

Key words Centrifuge Force Microscope, Single-Molecule Force Spectroscopy, DNA Nanoswitches

1 Introduction

Single-molecule force studies have led to significant insights in
biology, including the regulatory role of mechanical force in sys-
tems ranging from bleeding to development [1–6]. While instru-
ments such as optical tweezers, magnetic tweezers, and atomic
force microscopes (AFM) have matured and gained acceptance as
important scientific tools [2, 4], in general, force spectroscopy has
found limited adoption among nonspecialists. The high cost of
equipment and the required infrastructure (e.g. temperature-
regulated, vibration-isolated rooms) is a significant barrier, as is
the expertise required to build and operate most single-molecule
instruments. Limited throughput poses another important chal-
lenge, which is starting to be addressed with multiplexed
approaches [7–14]. Furthermore, instrumentation is only part of
the equation limiting widespread adoption—the challenge of pre-
paring and analyzing reliable single-molecule assays is an equal
challenge, one which is exacerbated by the large volumes of data
that result from parallel approaches. To enable the widespread use
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of single-molecule manipulation throughout biomedical and chem-
ical research, all of these challenges must be met.

In 2010, we presented a proof-of-concept Centrifuge Force
Microscope (CFM), and demonstrated the ability to carry out
thousands of independent single-molecule force spectroscopy
experiments in parallel by video-tracking tethered particles subject
to centrifugal forces [15]. More recently, we introduced a benchtop
CFM that builds upon an instrument that almost all biomedical
researchers already have and use: the benchtop centrifuge [16].
This miniature microscope that fits into a standard centrifuge
bucket was created to bring high-throughput single-molecule
manipulation to nonspecialists. Furthermore, to solve significant
issues of sample preparation and data analysis, we integrated mod-
ular nanoscale mechanical switches into this next-generation CFM.
These nanoswitches serve as tethers that provide a distinct molecu-
lar signature, facilitating reliable and automated analysis of the
resulting large data sets [16, 17]. In addition, these tethers enable
the repeated interrogation of single receptor-ligand pairs, to both
increase the throughput of measurements and to reveal heteroge-
neity at the single-molecule level.

In order to facilitate the adoption of these two techniques, we
present detailed protocols here for both the construction of the
benchtop CFM and the preparation, integration, and use of DNA
nanoswitch samples for performing high-throughput force spec-
troscopy. We note that while these two technologies work well in
tandem, readers interested solely in incorporating DNA nanos-
witches into other assays, or in building a CFM for other purposes,
will also find the protocols presented here invaluable.

2 Materials

The main component of the Centrifuge Force Microscope (CFM)
is a compact optical microscope with a video acquisition system that
can be integrated within a benchtop centrifuge. We are using a
Thermo Fisher Scientific Heraeus X1R upgraded with computer
control module provided by Thermo Fisher Scientific R&D, but
any sufficiently-sized commercial centrifuge should be suitable.
The microscope design is based on the Thorlabs lens tube system
with a few custom parts. This first part of the protocol describes the
construction of the optical microscope and the centrifuge modifi-
cation required for real-time control and image acquisition through
a fiber rotary joint. We note that if high-bandwidth, real-time data
collection is not needed, video data could be stored locally or
streamed via wireless networking [18]. This section concludes
with a list of the materials and reagents needed to create the sample
chamber and DNA nanoswitch assay.
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Table 1
Centrifuge Force Microscope instrumentation part list

Item
no. Vendor

Part
number Description QTY.

1 Thorlabs S1LEDM SM1-Threaded Mount for LED 1

2 Thorlabs SM1T1 SM1 (1.03500-40) Coupler 1

3 Thorlabs SM05RR Retaining Ring for diffuser 1

4 Thorlabs DG05-220 Light Source Diffuser, Ø1/200 N-BK7 Ground Glass 1

5 Thorlabs SM1A6T Diffuser and sample cell mount 1

6 SI Howard Glass
Co

B-270 Ø 25 mm, 0.9 mm Thick 1

7 Kapton Tape PPTDE-3 Sample Cell Assembly 1

8 VWR 63782-01 Gold Seal, #1 19 mm coverglass 1

9 Thorlabs SM1L03 Sample Holder, SM1 Lens Tube, 0.300 Thread Depth 1

10 Thorlabs SM1V05 Focusing Ø1” SM1 Lens Tube 1

11 Edmund Optics #86-815 40� Olympus Plan Achromat Objective, 0.65 NA,
0.6 mm WD

1

12 Thorlabs SM1A3 Objective Adaptor with External SM1 Threads and
Internal RMS Threads

1

13 Thorlabs AC254-100 Tube Len, f ¼ 100.0 mm, Ø100 Achromatic Doublet,
ARC: 400-700 nm

1

14 Thorlabs SM1RR Tube Lense SM1 Retaining Ring 1

15 Thorlabs SM1M20 Objective SM1 Lens Tube Without External Threads,
200 Long

1

16 Thorlabs SM1A6T Adaptor with External SM1 Threads and Internal
SM05 Threads, 0.4000 Thick

2

17 – – Custom made turning block, aluminum 1

18 Thorlabs PFE10-P01 Turning Mirror, 100 Silver Elliptical Mirror, 450 nm to
20 μm

2

19 Thorlabs SM1NT Camera SM1 (1.03500-40) Locking Ring, Ø1.2500

Outer Diameter
1

20 Thorlabs SM1A9 Camera Adaptor with External C-Mount Threads and
Internal SM1 Threads

1

21 Allied Vision
Technologies

Prosilica
GC2450

Sony ICX625 CCD sensor, 2448 � 2050 resolution,
15 fps, 12 bit

1

22 IMC Network 855-10734 MiniMc-Gigabit Twisted Pair to Fiber Media
Converter

1

23 PrinceTel MJX Fiber Optic Rotary Joint 1
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2.1 Centrifuge Force

Microscope

1. Obtain microscope components listed in Table 1. The custom-
fabricated turning mirror support (Item No. 17) can be
obtained from a machine shop. Use epoxy glue to secure the

Fig. 1 Design and assembly of the benchtop CFM. (a) Exploded view of the CFM. The numbers correspond to
the Item No. in Table 1. (b) Assembled model of the CFM. (c) Electrical and data wiring diagram. (d) The CFM
module in part of the 3D printed adaptor next to the TX-400 400 mL centrifuge bucket. The LED, sample
holder, and objective are housed within the lens tubes that are mounted to the turning mirror support. (e)
Photograph of the benchtop CFM module inside of a centrifuge with batteries and wires connected. (f) Details
of the fiber rotary joint mounted to a custom adaptor then onto the benchtop centrifuge. Panels (a), (b), (d), (e),
and (f) adapted from [16]
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mirrors (Item No. 18) to the turning mirror support. A techni-
cal drawing of the turning mirror support can be downloaded
from https://goo.gl/bClf9J.

2. Assemble the centrifuge force microscope following the
mechanical assembly diagram (Fig. 1a, b). This compact micro-
scope is based on the Thorlabs SM1 threaded lens tube system.
Turning the lens tubes clockwise or counter-clockwise for tight-
ening and loosening, respectively. Mount a red LED (Thorlabs,
LED630E) to the LED mount (Item No. 1 in Table 1).

3. Solder pin #1 and #2 of a 12-pin Hirose connector (HIROSE,
HR10A-10J-12S) to the ground and power of a DC-to-DC
step-up circuit board (SparkFun, PRT-08290), respectively. In
parallel to this circuit, solder a LED socket (Thorlabs, 8060-2)
with a 68 Ω resistor on the power wire. The Hirose connector
and the LED socket are used to power the camera and illuminat-
ing LED, respectively, once a lithium ion battery (SparkFun,
PRT-0034) is connected to the input of the step-up circuit
(Fig. 1c).

4. Solder the power input of an Ethernet-to-Fiber gigabit media
converter (IMC Networks, 855-10734) to another DC-to-DC
step-up circuit (SparkFun, PRT-08290) (Fig. 1c).

5. Use a 3D-printer to fabricate the enclosure made of acrylonitrile
butadiene styrene (ABS) to secure and integrate the imaging and
acquisition system inside the centrifuge bucket (Thermo Fisher
Scientific, 75003655) (Fig. 1d). Print the enclosure to secure
the Ethernet-to-Fiber gigabit media converter in another bucket
(Fig. 1e). Include data and power cables passages and battery
housing in the enclosure design. Place the media converter
containing bucket adjacent to the CFM containing bucket. A
technical drawing of the enclosure can be downloaded from
https://goo.gl/bClf9J.

6. Use a 6-in. Ethernet cable to connect the camera to the media
converter across the buckets (Fig. 1c, e).

2.2 Centrifuge

Modification

1. Tap the four existing holes surrounding the center quick release
button of the centrifuge rotor (Thermo Fisher Scientific, TX-
400 4 � 400 mL Swinging Bucket Rotor, 75003181) to accept
10–32 screws (Fig. 1f). Custom fabricate fiber rotary joint adap-
tor mount and attach to the center of the centrifuge rotor
utilizing the four threaded holes (Fig. 1f).

2. Remove the center viewing window on the centrifuge cover to
allow optical data fiber pass through the centrifuge lid.

3. Attach the fiber optic rotary joint (PrinceTel, MJX-131-28-SC)
to the custom adaptor mount (Fig. 1f). Connect the fiber cable
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connector inside the centrifuge to the media converter (Fig. 1c,
e). Connect the other end of the fiber optic cable connector to
the computer through another media converter that converts
the data signal into Ethernet connector.

4. Use counterweight to balance the mass and the center-of-mass
of the counter centrifuge buckets. One option is to use metal
coins stacked in a fitted 3D–printed enclosure (Fig. 1e).

2.3 DNA

Nanoswitches

1. M13mp18 Single-stranded DNA, M13 ssDNA (New England
Biolabs, N4040S).

2. Nuclease-free water: UltraPure™ DNase/RNase-Free Distilled
Water (Thermo Fisher Scientific, 10977015).

3. 10� NEBuffer 2 (New England Biolabs, B7002S).

4. Synthetics oligonucleotide:
(Sequence: 50-CTACTAATAGTAGTAGCATTAACATCCAA-
TAAATCATACA-30).

BtsCI restriction enzyme (New England Biolabs, R0647S).

2.4 Sample Chamber

Assembly

1. Coverslips: Gold Seal 19 mm circle #1 (VWR, 100502-528).

2. Cleaning solution: Hellmanex III (Sigma-Aldrich, Z805939-
1EA) in Milli-Q water to a final concentration of 1% (v/v).

3. Nitrocellulose coating solution: nitrocellulose membranes paper
(Bio-Rad Laboratories, 1620150) in amyl acetate to a final
concentration of 0.2% (w/v).

4. Support cover glass: custom 25 mm diameter, 1 mm thick
circular (S.I. Howard Glass, B-270).

5. Double-sided Tape: double-sided polyimide Kapton tape (Kap-
ton Tape, PPTDE-3).

2.5 Sample Chamber

Surface

Functionalization and

Beads Tethering

1. Anti-digoxigenin (Roche Diagnostics, 11333089001).

2. Phosphate buffered saline, PBS, pH 7.4 (Thermo Fisher Scien-
tific, 10010023).

3. Blocking reagent (Roche Diagnostics, 11096176001).

4. Centrifuge tube top filter (Millipore, SCGP00525).

5. Streptavidin Dynabeads, M-270 (Thermo Fisher Scientific,
65305).

6. Silicone grease (Sigma-Aldrich, Z273554-1EA).

7. Blunt needle tip (Instech, LS22).
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3 Methods

The first part of this section describes the construction of DNA
Nanoswitches, self-assembled mechanical switches that provide a
well-defined molecular signature to identify the force-induced
molecular rupture of a ligand-receptor pair [16]. Specifically, ligand
and receptor molecules of interest are attached to specific locations
of a linear DNA scaffold, with binding between the ligand and
receptor resulting in an internally looped structure with a shorter
overall tethering length than the linear scaffold. The well-defined
change in tethering length from the looped to the linear structure
(or vice versa) provides the quantitative signature of a molecular
rupture (or binding) event. Moreover, the DNA Nanoswitch scaf-
fold allows repeated measurement of the same molecular pair,
which enables characterization of population heterogeneity.
Subsequent subsections describe chamber assembly, surface prepa-
ration and bead tethering, and data collection and analysis.

3.1 Construction of

DNA Nanoswitch

1. Linearize circular M13 ssDNA to make the DNA Nanoswitch
scaffold. Mix 10 μL of 100 nM circular M13 ssDNA with a
38 μL mixture consisting of 32 μL of nuclease-free water, 5 μL
of 10�NEBuffer 2, and 1 μL of 100 μM synthetic oligonucleo-
tide complementary to the BtsCI restriction site.

2. Use a thermal cycler to bring the above mixture to 95 �C, hold
for 30 s and then cool to 50 �C. Add 1 μL of the BtsCI enzyme
and mix thoroughly. Incubate the mixture further at 50 �C for
1 h and then bring the temperature up to 95 �C for 1min to heat
deactivate the enzyme. This will result in 50 μL of 20 nM
linearized DNA Nanoswitch scaffold in NEB Buffer 2. Make
5 μL aliquots of the linearized M13 and store at �20 �C till
needed.

3. Based on the sequence map of M13mp18, obtain a set of 120
60-nt oligonucleotides and one 49-nt oligonucleotide that are
complementary to the linearized M13 DNA scaffold. Among
those, select the first and last 60-nt regions at the ends of the
scaffold to be the tethering handle attachments and two addi-
tional specific regions that are at least 3000 nt apart to attach the
ligand and receptor molecules (see Note 1). A more detailed
protocol is described previously in the supplemental protocol of
ref. 19.

4. Leave out the handle attachments, ligand, and receptor oligo-
nucleotides. Create a complementary tiling oligonucleotide
mixture consisting of the remaining 117 oligonucleotides, at
equal molar concentration and total oligonucleotide concentra-
tion of 100 μM. Store the mixture at�20 �C till needed. A more
detailed protocol is described previously in the supplemental
protocol of ref. 19.
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5. Create a handle attachment oligonucleotide mixture by mixing
1 μL of 100 μM of digoxigenin- and biotin-functionalized teth-
ering oligonucleotides and diluting to 100 μL with nuclease-free
water. Store the mixture at �20 �C till needed.

6. Mix 5 μL of 20 nM linearized DNA Nanoswitch scaffold (from
step 2) with 1.17 μL of the complementary tiling oligonucleo-
tide mixture (from step 4) and 0.5 μL of the handle attachment
oligonucleotide mixture (from step 5). Use a thermal cycler to
heat the mixture to 90 �C for 1 min then cool the sample 1 �C/
min until it reaches 20 �C. This will result in 6.67 μL of ~15 nM
biotin and digoxigenin-functionalized M13 scaffold with two
single-stranded regions for ligand and receptor attachment. The
mixture can be stored at 4 �C for up to 2 weeks or �20 �C for
long term storage.

7. Covalently attach the molecules of interest to the ligand and
receptor oligonucleotides using chemical attachment strategies
such as SMCC, click chemistry, EDC, sortase-based conjugation
[20] etc., or utilizing commercially available oligonucleotide
conjugation kits (see Note 1).

8. Hybridize ligand- and receptor-coupled oligonucleotides at a
1.25 M excess to the M13 scaffold at a final M13 concentration
of 250 pM in the experimental buffer at room temperature for
1–2 h (see Note 2).

3.2 Sample Chamber

Assembly

1. Submerge coverslips loaded in a coverslip rack in cleaning solu-
tion. Use the microwave oven to heat up the solution to a gentle
boil, then use a bath sonicator to sonicate for 30 min. Rinse the
coverslips thoroughly with Milli-Q water then dry with nitrogen
gas flow.

2. Coat one side of the cleaned and dried coverslips with 1 μL of
nitrocellulose coating solution using the side of a pipette tip.
Bake the nitrocellulose-coated coverslips in an 80 �C oven for
5 min.

3. Drill two 0.75 mm diameter holes, 10 mm apart, on support
cover glass for flow chamber inlet and outlet ports (see Note 3).

4. Cut a rectangle (1 � 10 mm2) of flow cell pattern with rounded
edges centered in a 25 mm diameter circle on a double-sided
tape using cutting plotter (see Note 4).

5. Sandwich the tape between the nitrocellulose-coated coverslip
and support cover glass with the fluid ports aligned to the edges
of the flow channel. Use a soft plastic pipette tip or cotton swap
to seal the tape. Be gentle pressing over the flow channel region
which can be easily cracked. The assembled flow chamber can be
stored under vacuum at room temperature for up to a month.
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3.3 Sample Chamber

Surface

Functionalization and

Beads Tethering

1. Dissolve 200 μg of anti-digoxigenin antibody with 1 mL of PBS
to the final concentration (0.2 mg/mL). Centrifuge the recon-
stituted anti-digoxigenin at 13,000 � g for 5 min. Make 100 μL
aliquots of the supernatant and store at 4 �C for up to 6 months.

2. Add 500 mg of blocking reagent to 50 mL of PBS to make the
blocking solution. Autoclave (121 �C, 20 min) the mixture to
dissolve the blocking reagent. Use a centrifuge tube top filter to
remove the undissolved particles. Add sodium azide (0.02%, w/
v) to prevent bacterial growth. Make 1.5 mL aliquot and store at
�20 �C for up to 1 year. Use a fresh aliquot for each experiment.

3. Incubate the flow channel with anti-digoxigenin by adding in
20 μL of anti-digoxigenin solutions (0.1 mg/mL in PBS) for
30 min. Wash the channel with 20 μL of PBS two times. All
incubation steps are done at room temperature under humidi-
fied conditions, i.e. in a glass petri dish with wet Kimwipes.
Avoid pipetting air-bubble into the flow channel. Throughout
the protocol, use Kimwipes to soak up the fluid from the outlet.

4. Incubate the flow channel with blocking solution for 1 h by
flowing in 20 μL of blocking solution every 20 min.

5. Wash the flow channel with 20 μL of the experimental buffer
two times after the blocking step. If the channel contains air
bubbles flush the channel with 30–60 μL of experimental buffer
(see Note 5).

6. Incubate the flow channel with 100 pM of functionalized DNA
Nanoswitch construct for 30 min. Wash the channel with 20 μL
of experimental buffer two times after the DNA Nanoswitch
attachment (see Note 6).

7. Prepare 5 μL of Streptavidin Dynabeads per sample. First wash
the beads with 50 μL of blocking solution, vortex for 10 s, and
use a magnetic sample rack to exchange solution. Carry out this
step twice. Then wash the beads with 50 μL experimental buffer
five times. Resuspend the beads with 5 μL of experimental buffer
per sample (see Note 7).

8. Pipette ~1–2 μL of the washed beads into the flow channel. Stop
the pipetting flow immediately when the channel is filled with
beads. Seal the flow inlet and outlet by injecting silicone grease
using a syringe with a blunt needle tip (see Note 8).

9. Let the beads contacting the DNA-functionalized glass surface
for 1 min. If the sample is to be measured in more than 5 min,
flip and orient the flow chamber such that the beads are being
pulled from the DNA-functionalized glass surface by gravity
force. The nontethered beads will be pulled away from the
surface as well (see Note 9).
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3.4 Data Collection

and Analysis

Here we describe how to carry out experiments using the CFM
instrumentation and DNA Nanoswitch samples, and how to ana-
lyze the resulting microscopy videos to identify and validate force-
induced molecular rupture events by using the molecular signature
afforded by the Nanoswitch constructs.

3.4.1 Sample Mounting

and CFM Operation

1. Mount the sealed sample chamber (shown as Item No. 6–8 in
Table 1 and see Fig. 1a) in the sample holder (Item No. 5 and 9
in Table 1 and see Fig. 1a). Attach the LED illumination assem-
bly (Item No. 1–3 in Table 1 and see Fig. 1a) to the sample
holder.

2. Mount the sample holder with the LED illumination assembly
to the focusing tube (Item No. 10 in Table 1 and see Fig. 1a).

3. Attach the LED socket to the LED. Connect the battery to the
step-up circuit that powers the camera and LED. Connect
another battery to the media converter in the adjacent bucket.

4. With the LED and camera powered and the signal connected to
the computer through the fiber-optic rotary joint, use the focus-
ing tube (Item No. 10 in Table 1 and see Fig. 1a) to bring the
tethered beads to focus. Live images can be acquired using the
VIMBA software (Allied Vision) or customized LabVIEW soft-
ware (National Instrument). Use the retaining ring (Fig. 1b) to
secure the focus.

5. Place the CFMwithin the 3D printed adaptor and carefully place
it in the centrifuge bucket.

6. Spin the rotor by hand to make sure centrifuge spinning is not
obstructed by electrical wiring and no sign of imbalance. Close
the centrifuge lid.

7. If your centrifuge includes the option for computer control, use
the software provided by the centrifuge manufacturer to set the
desired acceleration and rotational speed profile. Our Heraeus
X1R centrifuge can be controlled using WinMass (Thermo
Fisher Scientific), which also records the measured speed of
rotation. If computer control is not available, simply control
the operation of the centrifuge manually using the standard
front-panel interface. Record the camera-acquired images dur-
ing centrifugation using software provided by the camera man-
ufacturer or customized LabVIEW (National Instrument)
software.

3.4.2 Data Analysis of

DNA Nanoswitch Rupture

With this particular CFM design based on the TX-400 rotor, the
angle of the centrifuge swing bucket does not swing up to the full
90� with respect to the axis of rotation, resulting in a component of
the centrifugal force directed in the x–y image plane (Fig. 2a).
Furthermore, the off-radial orientation of the CFM will also result
in a force component in the x–y plane (Fig. 2d). As the rotational
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speed of the CFM increases, the looped DNA tethers will be
continuously extended. The opening of the loop is identified as a
discontinuous change in the extension (Fig. 2b).

1. Use the function “imfindcircles” in Matlab (Mathworks) to
identify the beads.

2. Store a template image for each bead. To identify the bead
position in the subsequent frame, use the template image to

Fig. 2 Analysis of DNA Nanoswitch unlooping. (a, b) When the centrifuge bucket is at angle θ, the centrifugal
force has components in both perpendicular and parallel directions to the sample surface (x–y plane). When
the bond is ruptured, the DNA Nanoswitch goes from looped (blue) to unlooped (red) that leads to a change in
length ΔL. This is identified by measuring the projected change in length in the x–y plane ΔLobs ¼ ΔL/cosθ.
The orientation of the miniCFM in the bucket also sets the direction of ΔLobs. (c) A scatter plot of all contour
length changes detected for all directions. The transitions within the boxed region are accepted as nanoswitch
transitions. A histogram of transition forces for three different types of transitions: beads which leave the
surface (yellow), beads which display discontinuous transition with (green) and without (light-blue) correct
direction and magnitude is shown as insert. Figure adapted from [16]
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scan in the x–y plane to find the position of maximum
correlation.

3. Take the median position change in x and y for all beads being
tracked from frame to frame as the reference to correct drift in
the x–y plane during the course of the experiment. This drift
correction is sufficient for identifying the DNA Nanoswitch
looped-to-unlooped transition.

4. Identify the DNANanoswitch transition by filtering out all bead
trajectories except those that contain a discontinuous change in
extension with both the correct magnitude and direction
(Fig. 2c).

5. Convert the frame at which the DNA Nanoswitch transition
occurs into time or force for subsequent data analysis.

4 Notes

1. Ligand and receptor molecules localized on the DNA scaffold
should be at least 3000 nt apart so that an internal loop around
1 μm in length is made when the ligand binds to the receptor.
This will provide a very clear signature for identifying bond
rupture events.

2. The efficiency of the hybridization process of the ligand- and
receptor-coupled oligonucleotides to the M13 scaffold can be
improved by incubation at a higher temperature that melts the
internal secondary structure of the oligonucleotides. If the
ligand or receptor molecule is sensitive to the elevated tempera-
ture, the oligonucleotide and its complementary target region
should be free of internal secondary structure so that the hybri-
dization can be carried out at room temperature or below.

3. Mechanical drilling of the inlet and outlet ports using a drill
press and diamond-coated bit can often crack the glass or pro-
duce uneven cylindrical port. One solution is to bind the circular
support glass to a 1 mm thick microscope slide (VWR, 16005-
106) with a thin layer of melted natural rosin (D’Addario,
VR200) using a heat plate. The drilling should also be carried
out slowly with a layer of water between the drill bit and glass.
After the holes are drilled, the support glass can be removed
from the microscope slide by soaking in acetone solution.

4. We use a Graphtech cutting plotter, model CE5000, to cut out a
flow channel on the double-sided Kapton tape. The cutting can
also be done using smaller desktop size cutting plotter or by
hand. Secure the double-sided Kapton tape using other tapes on
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a cutting mat (VWR, 14222-832) with one adhesive side facing
up during cutting.

5. To avoid pipetting air-bubbles into the flow channel, use the
reverse pipetting technique. Load an excess amount of solution
into the pipette tip by press the knob to the second stop to load.
Dispense the solution into the flow channel by pressing the
pipette knob only to the first stop. Discard the tip containing
the excess solution.

6. Control experiments should be carried out to verify the surface
passivation and tethering efficiency. Negative controls such as
sample preparation without anti-digoxigenin surface activation,
DNA Nanoswitch incubation, biotin- and digoxigenin-DNA
functionalization, etc., should be performed to ensure that the
beads are tethered through specific interaction and not nonspe-
cifically sticking. To limit multiple tethers on each bead, either
utilize the DNA as the limited component to ensure that the
spacing of each immobilized DNA is larger than the bead size, or
perform a DNA concentration series to measure the concentra-
tion range in which the number of tethered beads is linearly
dependent.

7. Adjust the resuspension volume if necessary to achieve 60–70%
bead surface coverage during the bead tethering step.

8. Avoid creating air-bubbles at the fluid–grease interface. Make
sure the fluid ports are filled with solution and create a small dab
of vacuum grease at the needle tip prior to injecting the grease
into the channel.

9. The sample can also be stored at 4 �C overnight with the
tethered beads hanging down under gravitational force to
avoid beads from nonspecifically sticking to the surface. Avoid
any strong magnetic fields and mechanical impacts on the
sample.
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