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Preface

Traumatic and ischemic injuries are some of the most devastating diseases and are responsi-
ble for high mortality and morbidity worldwide. Over the past decades, significant research
has been conducted in this area, aimed at reducing or preventing complications after a
traumatic or ischemic injury. Although some advances have been made in our understanding
of the pathobiology of such insults, further research and innovative approaches are essential
to clearly understand and treat these complex issues.

The use of a suitable animal model that exhibits many of the pathophysiological features
of any disease is important for the identification of therapeutic targets and future drug
development to alleviate its symptoms. A wide variety of small and large animal models are
currently available for researchers working in the field of traumatic and ischemic injuries.
The major advantage of using animals in research in these fields is the ability to obtain
scientific information under well-defined conditions that closely mimic specific clinical
scenarios. So, in the field of traumatic and ischemic injuries, it is important to continue
animal studies and to develop new animal models and protocols that better reflect the
clinical setting to gain further insight into the underlying cellular, biochemical, and physio-
logical mechanisms involved. The general trend in the field is to use laboratory rodents to
answer fundamental questions regarding cellular and molecular mechanisms while physio-
logical processes are more commonly investigated in large animals due to the similarity to
humans. The main focus of this volume was to compile the procedures for the development
and application of several of such research models and techniques with the help from experts
in their respective fields.

This particular volume is part of the Methods in Molecular Biology series and I hope will
allow beginners with limited experience to initiate new research projects and established
investigators to identify other comparable approaches and strategies. The first few chapters
are mainly focused on some of the selected animal models and procedures commonly used in
traumatic injury research followed by a chapter on hemorrhagic stroke. After that, a series of
chapters on various ischemic injuries followed by some of the chapters specifically addressing
sepsis models have been included. The last few chapters are dedicated to selected in vitro
models from the field.

I would like to thank everyone who helped me directly or indirectly with this project. I
am very much indebted to all the contributing authors for their time, hard work, and
support for this project. I would like to express my gratitude to Ms. Chinchusha Anasooya
Shaji and Dr. Himakarnika Alluri for their help in the organizing and editing processes. Also,
my deepest appreciation goes to Prof. John Walker, the series editor, for his constant
encouragement, guidance, and understanding, without which this project would not have
been successful at all.

Temple, TX, USA Binu Tharakan
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Chapter 1

Mouse Injury Model of Polytrauma and Shock

Juan C. Mira, Dina C. Nacionales, Tyler J. Loftus, Ricardo Ungaro,
Brittany Mathias, Alicia M. Mohr, Lyle L. Moldawer, and Philip A. Efron

Abstract

Severe injury and shock remain major sources of morbidity and mortality worldwide. Immunologic
dysregulation following trauma contributes to these poor outcomes. Few, if any, therapeutic interventions
have benefited these patients, and this is due to our limited understanding of the host response to injury and
shock. The Food and Drug Administration requires preclinical animal studies prior to any interventional
trials in humans; thus, animal models of injury and shock will remain the mainstay for trauma research.
However, adequate animal models that reflect the severe response to trauma in both the acute and subacute
phases have been limited. Here we describe a novel murine model of polytrauma and shock that combines
hemorrhagic shock, cecectomy, long bone fracture, and soft-tissue damage. This model produces an
equivalent Injury Severity Score associated with adverse outcomes in humans, and may better recapitulate
the human leukocyte, cytokine, transcriptomic, and overall inflammatory response following injury and
hemorrhagic shock.

Key words Mouse, Polytrauma, Hemorrhage, Inflammation, Immunity

1 Introduction

Trauma remains one of the leading causes of death in all age groups
[1, 2]. Implementation of timely and standardized resuscitative
interventions, as well as advances in critical care medicine, have
improved early survival in trauma. However, the morbidity and
mortality from late complications after severe injury remains high
[2–5]. In an effort to identify the etiology and immunologic basis
for late multiple organ failure (MOF) that contributes to death after
severe trauma, a number of paradigms have been established and
revised over the past three decades [5–8]. Chronic critical illness, or
CCI, and the persistent inflammation, immunosuppression, and
protein catabolism syndrome or PICS, now define a population of

Binu Tharakan (ed.), Traumatic and Ischemic Injury: Methods and Protocols, Methods in Molecular Biology, vol. 1717,
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ICU patients that survive their initial insult, but remain in the ICU
for prolonged periods of time [5, 9] (see Fig. 1). These patients have
manageable organ dysfunction, are malnourished despite nutri-
tional intervention, suffer from recurrent infections, and rarely
rehabilitate to a functional life [5, 10].

There have been numerous attempts at therapeutic interven-
tions meant to improve early survival and prevent the development
of PICS after trauma [11, 12]. Unfortunately, efforts at pharmaco-
logic modulation of the immunologic and pathophysiologic
response to injury (or infection) in humans have failed, despite
promising preclinical results in murine models [11, 12]. This failure
to repeat the success of preclinical murine studies in humans has
raised questions about the suitability of current murine models of
severe inflammation [13–16]. In particular, critics have highlighted
the genetic homogeneity of the inbred mouse, the genome-wide
differences between man and mice, the heterogeneity of the human
condition, as well as the specific variance in cellular composition
between murine and human tissues [13, 15]. Thus, researchers are
still attempting to improve our methodology for investigating the
consequences of severe shock and injury.

Numerous animal models of trauma and shock have been
employed over the past century [17–20]. One of the earliest
described murine models of trauma was the Noble–Collip drum,
described in 1942. In this model, a mouse without anesthesia is
tumbled repeatedly in a metal drum, leading to intra-abdominal

Fig. 1 Persistent inflammation-immunosuppression catabolism syndrome (PICS). Improved methods of trauma
resuscitation have created a population of intensive care unit (ICU) patients who survive their initial insult and
early multiple organ failure (MOF) to remain in the ICU for prolonged periods of time with manageable organ
dysfunction, malnourishment despite nutritional intervention, suffer from recurrent infections, and rarely
rehabilitate to a functional life. Adapted from [5]
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organ injury, diffuse bruising with muscle injury, and death [20].
Subsequently, researchers developed individual models of hemor-
rhagic shock, thoracic trauma, brain injury, long bone fracture with
soft tissue injury, and intra-abdominal trauma [18, 19, 21–27].
Some of these models have been combined in an attempt to better
imitate the human condition (see Table 1). These previous rodent
models of trauma and shock have made significant contributions to
our understanding of the biological response to injury, yet
critical analysis and revision of these models are necessary with
technological advances and our expanding knowledge of the biol-
ogy of inflammation, particularly at the genomic level [15, 16, 18,
28–30].

The criticisms surrounding current murine trauma and shock
models are longstanding [15–19, 28, 29], but recent concerns stem
from studies that have further highlighted the inherent differences
in the murine and human genomic response to inflammatory dis-
eases [13, 14, 16, 31]. The Mouse ENCODE Consortium [32]
and the “Inflammation andHost Response to Injury” (Glue Grant)
[30, 33] have catalogued the transcriptomic response in both

Table 1
Examples of murine models of hemorrhagic shock, trauma, burn, or combination

Model name Modifications to make more similar to human condition

Trauma-hemorrhage (T-H) model
followed by cecal ligation and puncture

Two hit model of hemorrhagic shock followed by
polymicrobial sepsis, usually 24 h later [46, 47]

T-H model with chronic restraint Hemorrhagic shock combined with pulmonary contusion
and subsequent chronic restraint and stress of the rodent
[48]

Pseudofracture with or without T-H Recreates the features of long bones without breaking the
native bone. A bilateral muscle crush injury to the hind
limbs is performed, followed by injection of a bone
solution into these injured muscles [49]

T-Hwith fracture and associated soft tissue
injury

Hemorrhagic shock combined with a closed mid-shaft
fracture of the femur and fracture related soft tissue injury
[21]

T-H with fracture and midline laparotomy Hemorrhagic shock combined with a closed mid-shaft
fracture of the femur and midline laparotomy to reflect
soft tissue injury [23, 24]

Traumatic brain injury (TBI) Clinically relevant murine model using an impacting rod
directly on the skull [50]

Burn injury followed by infection Clinically relevant severe burn model that subsequently
subjects the mouse to a secondary infection such as
pneumonia. This attempts to recreate secondary
infections and morbidity and mortality that are common
in human burn patients [51]

Murine Polytrauma Model 3



health and disease in mice and humans. These human and murine
datasets have been extensively evaluated by different groups, often
leading to contradictory conclusions on whether the genomic
response to inflammatory disease in mice recapitulates the human
response to severe injury of infection [13, 14]. Although there is
considerable controversy over the value of these murine models,
there is general consensus that these animals models have some
value but must be used with caution and an appropriate under-
standing of their limitations—this is the only way translatable prog-
ress in immunotherapy will occur in the future [34–36] .

One fundamental criticism of existing murine models is that
they fail to recapitulate the severity and multicompartmental nature
of human trauma [16, 30, 31, 37]. Also, animal welfare issues
appropriately limit our ability to completely imitate human trauma
[38]. However, our laboratory has developed a murine model that
better reflects the early inflammatory response of the severely
injured patient while remaining within the guidelines of humane
treatment of laboratory animals [31, 39, 40]. In an effort to better
replicate human trauma in a murine model, we focused on combin-
ing insults that produce an Injury Severity Score greater than
15 [26]. The Injury Severity Score (ISS) is an anatomical scoring
system that provides an overall score for patients with multiple
injuries [41]. This value is intended to accurately represent the
patient’s degree of critical illness. It has been considered the gold
standard of classifying trauma patients early after their injury:
Minor (ISS 1–3), Moderate (ISS 4–8), Serious (ISS 9–15), Severe
(ISS 16–24), and Critical (ISS 25–75). An ISS greater than 15 is
generally used as the minimum score for trauma studies of severely
injured patients, as these individuals are more likely to have poor
outcomes [1, 39, 41] .

The polytrauma model described in this text utilizes the well-
established trauma hemorrhage murine model of 90 min of hemor-
rhagic shock [42, 43]. In addition, a cecectomy, a long bone
fracture, and muscle tissue damage are subsequently carried out in
the mouse under anesthesia. The combination of these elements
creates an insult which equates to an ISS of 18 in a human
[39]. Although a further increased ISS would likely lead to a
superior model that better represents human trauma, Institutional
Animal Care and Use Committee’s (IACUC) limitations that
rightly guard the humane treatment of animals typically will not
allow for further insult to the rodents. Notwithstanding, in our
experience, we have found that this model better reproduces the
human immune response to injury and shock [31, 39].

Mice subjected to the polytrauma model below have an inflam-
matory response that better reflects the cytokine, chemokine, and
leukocyte reaction seen after human trauma [39]. For example, we
demonstrated that the plasma concentrations of interleukin-10
(IL-10), interferon-inducible protein-10 (IP-10), macrophage
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inflammatory protein-1α (MIP-1α), keratinocyte chemoattractant
(KC), interleukin-6 (IL-6), and monocyte chemoattractant
portein-1 (MCP-1) were significantly greater when compared to a
traditional trauma hemorrhage model and more comparable to
what is displayed in humans after trauma [39] (see Fig. 2). Further-
more, these animals had a leukocytosis associated with neutrophilia
(see Fig. 3), had decreased major histocompatibility complex class II
expression in bone marrow myeloid cells, and both of these effects
were sustained beyond 1 day after the operation in this model;
these phenomena were not displayed in the historical murine mod-
els of hemorrhagic shock and minor trauma [39]. In addition, this
new model demonstrated improved correlations between the leu-
kocyte gene expression patterns of severe human trauma patients,
although species differences were still very evident [31]. However,
when we evaluated the top responsive genes to trauma in humans,

Fig. 2 Plasma cytokine concentration in sham, trauma-hemorrhage (TH), and
polytrauma (PT) mice. *p < 0.05, **p < 0.01 vs sham. Adapted from [39]

Fig. 3 Blood neutrophils in sham, trauma-hemorrhage (TH), and polytrauma (PT)
mice. **p < 0.01, ***p < 0.001 vs sham. Adapted from [39]

Murine Polytrauma Model 5



88–99% of murine orthologues were identified to respond similarly
to human transcriptomic alterations [31]. Many of these genes
were involved in early inflammation, innate and adaptive immunity,
indicating the polytrauma model’s usefulness as a method of study-
ing inflammation after severe shock and injury [31].We believe this
model of hemorrhagic shock and polytrauma better recapitulates
the human inflammatory response to severe injury and provides
new insights in the pathophysiology of trauma while also offering a
new approach to evaluating therapeutic interventions aimed at
alleviating the short and long-term sequela of traumatic injury.

2 Materials

2.1 Materials

for Anesthesia

and Preparation

– Sterile gloves.

– Weighing scale.

– One-liter induction Plexiglas® chamber (VetEquip, Livermore,
CA).

– Desiccant anesthetic scavenger canister (VetEquip, Livermore,
CA) and tubing connectors.

– Inhalant anesthesia system for veterinary surgery (VetEquip,
Livermore, CA).

– Universal rodent nosecone.

– Isoflurane.

– Oxygen tank.

– Electric razor.

– Petrolatum ophthalmic solution.

– Platform for animal surgery (6 � 6 in. Plexiglas® plates).

– Fisher™ paper tape, 0.5 in.

– Vis-U-All Self Seal sterilization pouch (Weck, A Squibb
Company; Princeton, NJ).

2.2 Materials

for Surgery

– Mice (see Note 1).

– Blood pressure analyzer (Micro-Med, Louisville, KY).

– Dissecting microscope (Scienscope, Matthews, NC).

– Bead sterilizer.

– Infusion pump.

– Polyethylene (PE)-10 catheter tubing (see Note 2).

– Betadine scrubs.

– Sterile water.

– Lidocaine.
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– Heparin.

– Normal saline.

– Lactated Ringer’s (LR) solution.

– Microforceps, angled, 3.5 in, 0.3 � 5 mm.

– Nontoothed forceps.

– Microdissection scissors, 4.5 in.

– Microvessel clips, 0.75 � 4 mm.

– Bulldog vessel clips.

– Small scissors.

– Small needle driver.

– Small bone cutter.

– 30 g, ½ in., hypodermic needles.

– 1 mL syringe—slip tip.

– 5-0 silk suture.

– 2-0 silk suture.

– 5-0 Ethilon suture.

– 3-0 Vicryl suture.

– BD Autoclip Closing System™.

– Auto-clips, 7 mm.

– Buprenorphine for injection (see Note 3).

– Circulating water warming pad.

3 Methods

3.1 Induction

and preparation

1. All instruments must be sterilized either by heat, ethylene oxide
or other approvedmethod.Merely cleaning, sanitizing or using
antimicrobial washes are not adequate. In addition, all surgical
materials such as sutures or sponges must be sterile and still
within their expiration date. Solutions used for animals such as
normal saline, Lactated Ringers (LR) solution or other drugs
must be sterile and either the US Pharmacopeial Convention
(USP) compliance standard or veterinary-grade (unless other-
wise approved by the local IACUC).

2. Weigh the mouse (see Note 4).

3. Place the mouse in the induction chamber. Adjust the isoflur-
ane concentration to 3.5–4.5% with O2 flow at 1 L/min until
an adequate plane of anesthesia is reached (see Note 5).

4. Shave the abdomen and inguinal area.
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5. Apply USP grade petrolatum ophthalmic ointment to both
eyes to prevent drying during the procedure.

6. Place the mouse on the Plexiglas® plate or other nonabsorbent
board in the supine position.

7. Place the anesthesia cone to the snout of mouse and maintain
isoflurane concentration at 1.5–2.0% with 100% O2 flow at
0.5–1 L/min.

8. Restrain the mouse by taping all four extremities and its tail (see
Note 6).

3.2 Femoral Artery

Catheterization

1. Wipe the inguinal area with Betadine™ scrub and sterile water,
alternating three times.

2. Place the mouse on a water-circulating, nonabsorbent warming
pad under a dissecting microscope.

3. Visualize the femoral vessels through the skin, lift the overlying
skin with forceps and excise a small section of skin to expose the
femoral vessels using the microdissection scissors.

4. Carefully separate the femoral nerve and vein from the artery by
blunt dissection using the microforceps.

5. Pass two 5-0 silk ties under the femoral artery spaced approxi-
mately 0.5 cm apart.

6. Ligate the femoral artery with the distal tie (5-0 silk) and attach
a bulldog clip to the loose ends of the distal tie (see Note 7).

7. Tie the proximal tie (5-0 silk) loosely by creating a knot but not
tightening it in order to keep the femoral artery lumen patent.

8. Place a vessel clip proximal to the proximal tie.

9. Apply a drop of 1% lidocaine to area (see Notes 8 and 9).

10. Puncture the artery just above the distal tie using a 30-gauge
needle. The needle should have its bevel up such that the whole
in the needle is facing the ventral or anterior portion of the
mouse.

11. Gently insert the PE-10 catheter attached to a 1 mL syringe
filled with LR solution, again with the bevel facing up (see
Notes 10 and 11).

12. Remove the vessel clip from the femoral artery.

13. Gently advance the catheter using microforceps (see Image 1).

14. Secure the catheter by the proximal tie (5-0 silk) by tightening
the knot made in step 7.

15. Another 5-0 silk tie may be added and tied to secure the
catheter.

16. Tape the catheter to the Plexiglas® plate to further secure it in
place.

17. Repeat steps 3 through 16 on the contralateral side.
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3.3 Hemorrhagic

Shock and

Resuscitation

1. Remove the mouse from the inhalational anesthesia and
remove the 1 mL syringe from one of the catheters and attach
this catheter to the pressure transducer line (see Notes 12
and 13).

2. Allow the mouse to emerge from anesthesia (at this point its
mean arterial pressure (MAP) should be ~95 mmHg).

3. Reattach a new 1mL syringe flushed with 1000 USP units/mL
heparin to the contralateral catheter and slowly aspirate blood
until the animal’s MAP is 30–40 mmHg (see Image 2).

4. Maintain the mouse in hemorrhagic shock for 90 min (see
Notes 9 and 14).

5. Attach the catheter used for hemorrhagic shock to the
infusion pump.

6. Resuscitate the mouse by administrating of LR solution. The
volume of LR will be four times the volume of blood removed,
and the infusion rate of the LR solution should be at a rate of
10 mL/h.

3.4 Decannulation

and Bone Fracture

1. Disconnect the catheter connected to the blood pressure trans-
ducer and attach a 1 mL syringe filled with LR. Also disconnect
the catheter connected to the infusion pump and attach a new
1 mL syringe filled with LR.

2. Reanesthetize the mouse. Place the anesthesia cone to the
snout of mouse and maintain isoflurane concentration at
1.5–2.0% with O2 flow at 0.5 L/min. Again, ensure an ade-
quate plane of anesthesia is reached (see Note 5).

3. Gently pull back the catheter until just past the proximal tie.

4. Ligate the artery by further tightening the proximal tie.

5. Completely remove the catheter and discard it in appropriate
trash bag/container.

6. On one side, proceed to bluntly dissect the adjacent muscles to
expose the long bone (tibia).

7. Fracture the bone using a bone cutter or small scissors (see
Image 3).

8. Realign the bone (see Image 4).

9. Grasp the superior muscle tissue with a clamp for 30 s

10. Close the inguinal incisions with a running stitch or with a
figure of eight stitch using a 5-0 Ethilon suture.

3.5 Cecectomy 1. Wipe the abdomen with Betadine™ scrub and sterile water,
alternating the solutions three times.

2. Apply the sterile drape.

3. Make a 1 cm midline skin incision.
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(a) Using either straight-edge or iris scissors, make a 1 cm
midline cut into the skin only, approximately 0.5–1 cm
away from xiphoid process.

(b) Entry into the peritoneum should be avoided.

4. Identify the abdominal wall and cut through the abdominal
musculature and into the peritoneum (see Notes 15 and 16).

5. Identify and exteriorize the cecum using nontoothed forceps.

6. Doubly clamp the cecum about 1 cm from the tip (seeNote 17)
(see Image 5).

7. Ligate the stump with silk 2-0 using at least one square knot.

8. Excise the cecum (see Image 6).

9. Return the cecal stump to the abdominal cavity.

10. Close the abdominal wall using an absorbable suture (3-0
Vicryl) using a running suture.

11. Close the skin using surgical clips.

12. Inject the mouse subcutaneously with 0.05–1 mg/kg bupre-
norphine in 1 mL saline (see Note 18).

13. Return the animals to their cages after they awaken from
anesthesia. This is usually indicated by their capacity to inde-
pendently turn over onto their bellies after being placed on
their sides or back. Keep the mouse on the warming pad until
fully recovered.

14. Continue to monitor the mouse until it has fully recovered
from anesthesia (see Note 19).

15. If additional mice are to be used, the instrument tips are to be
washed in distilled water taking care to remove any blood or
tissue. The instruments are then placed into a hot bead steril-
izer for at least 10 min while the next animal is prepared. The
sterile field should not be broken and the instruments are not
to be handled without sterile gloves.

4 Notes

1. The preoperative care of mice used in research models should
not be overlooked. In our experience, allowing the mice to
equilibrate to the diurnal cycle and feeding at the research
institution for 1–2 weeks before manipulations decreases
model variability.

2. The catheters are prepared by cutting the PE-10 tubing into to
6–8 in. catheters. Then a 27-gauge needle is filed down and
inserted into one end of the tubing to allow for the connection
to 1 mL syringe or blood pressure transducer as later described.
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The catheters are gas sterilized in Vis-U-All Self Seal steriliza-
tion pouches.

3. Buprenorphine is a controlled substance and will require
appropriate storage and documentation. It is given subcutane-
ously in 1 mL saline at a dose of 0.05–0.2 mg/kg body weight.

4. The Guide (see ref. 44) requires that scales used to weigh mice
for weight-based injections be calibrated at least twice annually.

5. Observe the mice for the proper anesthetic depth. An adequate
plane of anesthesia is monitored by assessing muscle tone and
the absence of reflex to surgical manipulation, toe pinch and
ocular reflex.

6. Taping is critical in keeping the mouse restrained, especially
during the hemorrhagic shock portion of the model.

7. The bulldog clip will provide countertraction during
cannulation.

8. Lidocaine is used to allow for dilation of the artery which
facilitates cannulation.

9. Make sure to keep the field moist with 1% lidocaine or LR
solution. If the field dries the vessels are likely to rupture and
there will be poor blood flow through the catheter. Continue
to monitor the animal during the entire period of shock
(90 min) and keep field moist as necessary.

10. The catheter tip should be modified to match the diameter of
the artery. If the catheter is too thick it will not enter the vessel.
If the catheter is too thin, blood will clot within the catheter.
To modify the tip, gently pull and stretch the catheter tip until
it matches the diameter of the femoral artery.

11. The catheter tip is cut at an angle of about 30� to form a bevel
point. If the angle is too steep it is likely to puncture the back
wall. If it is too shallow it will not enter the vessel.

12. Place the mouse on a water-circulating heating pad during
hemorrhagic shock and resuscitation period. Do not use an
electric heating pad or a lamp, as the risk of skin burns to the
rodent is increased.

13. The catheter will be attached to the pressure transducer for the
full length of the period of hemorrhagic shock to provide
continuous blood pressure measurements.

14. Maintain the MAP at 30–40 mmHg by repeat blood draws or
LR solution infusion. Continue to monitor the animal during
the entire period of shock. This period of shock while not being
under anesthesia is an important component to inducing the
appropriate immune and pathophysiologic response in the
mouse. Also, ensure normothermia throughout the entire
hemorrhage and resuscitation periods.
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15. Generally, the cecum will be located directly under the midline
incision and will be easy to exteriorize.

16. The small bowel can be easily transected during entry into the
peritoneum. Therefore, care needs to be taken not to inadver-
tently damage the bowel with the scissors as you enter the
abdominal cavity. Furthermore, excessive manipulation of the
intestines will result in bleeding, perforation, and/or serosal
tears as it is very fragile.

17. It is very important that the ligation be made distal to the area
where the ileum enters the cecum (ileocecal junction) to pre-
vent obstruction of the mouse’s intestines.

18. The use of opioid analgesics is strongly recommended in this
model prior to arousal from anesthesia and every 12 h until
euthanasia to ameliorate pain and distress associated with sur-
gical injury, soft tissue injury and long bone fracture.

19. Monitoring procedures are used to determine when and if the
mice are to enter a prodromal period where death is likely to
occur. The mice should not be allowed to die spontaneously,
and instead be euthanized when they become moribund and
death is imminent for well-established ethical and scientific
reasons. This will reduce pain and discomfort to the animal
and allows samples to be collected and not lost secondary to
postmortem changes. Animals should be monitored for
changes in posture, failure to right themselves, and signs of
distress as previously described [45].

(a) Changes in posture—soon after the procedure the mice
will appear hunched; however, this will resolve with time.
If the mice fail to thrive, the following may be considered:
moist chow, more resuscitation with normal saline, or
euthanasia depending on your protocol.

(b) Failure to right themselves—a mouse that is placed on
their back should be able to right themselves regardless of
femur fractures and muscle injury. Mice that are unable to
do so must be euthanized.

(c) Signs of distress including but not limited to pain on
touch and, agonal breathing—In these situations, further
resuscitation may be considered or progression to eutha-
nasia of the mouse depending on your protocol.
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Chapter 2

Measurement of Intracranial Pressure in Freely Moving Rats

Michael R. Williamson, Roseleen F. John, and Frederick Colbourne

Abstract

Brain injury, such as from stroke and trauma, can be complicated by elevated intracranial pressure (ICP).
Although raised ICP can be a significant determinant of morbidity and mortality, clinical studies often
report widely varying ICP measurements depending on location of measurement and technique used. For
the same reasons, reported ICPmeasurements also vary widely in animal models. The need for anesthesia or
tethered connections with some methods of ICP measurement in animals may introduce additional
confounds. Moreover, these methods are not well suited for prolonged, continuous measurement. Here,
we describe an approach to continually measure ICP in awake, freely moving rats for several days. This
technique uses a commercially available, wireless pressure sensor mounted on the head to measure ICP
from the epidural space via a fluid-filled catheter. We have demonstrated that this approach reliably detects
elevations in ICP that last for several days after ischemic and hemorrhagic strokes in rat.

Key words Stroke, Trauma, ICP, Intracranial pressure, Telemetry, Rodent, Animal model, Blood
pressure sensor, Brain injury

1 Introduction

Elevated intracranial pressure (ICP) is a potentially deleterious and
sometimes fatal response following brain injury such as stroke and
trauma [1]. Since ICP is an important determinant and predictor of
outcome [2, 3], its monitoring is sometimes used to guide clinical
treatment [4]. Animal models are used to mechanistically under-
stand ICP changes and to test potential therapies. As in patients,
various ICP measurement protocols have been used in animals [5];
however, these methods often do not monitor ICP frequently or
long enough to properly document the time course of ICP
changes. Infrequent monitoring may miss brief but potentially
significant ICP spikes [6]. Additionally, use of an anesthetic to
immobilize animals potentially causes a sedative-induced ICP
decline, thereby confounding measurements [7]. Further, certain
anesthetics can impact cell death and recovery, making them less
than ideal for use in stroke and trauma studies [8]. Finally, fluid-
filled tethered lines used to measure ICP in nonanesthetized
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animals are prone to movement artefacts and restraint-induced
stress, potentially confounding ICP measurements. Our method
for wireless measurement of ICP in freely moving rats largely over-
comes these obstacles.

Intraventricular [5, 9, 10], intraparenchymal [10], and epidural
[5, 6, 11] locations are commonly used to measure ICP. However,
catheter insertion to intraventricular and intraparenchymal loca-
tions causes tissue damage. Alternatively, measurement of ICP
with epidural catheters has been reported as less invasive and
more reliable [5], though some question its accuracy [12]. Impor-
tantly, epidural catheter placement avoids exacerbation of tissue
damage that may occur as tissue swells around catheters inserted
into the brain—swelling commonly occurs after stroke and trauma
[13]. Unfortunately, there is little consistency or consensus regard-
ing the location of ICP measurement [14].

Here, we describe a method for measurement of ICP in freely
moving rats using a telemetric blood pressure transmitter
connected to an epidural cannula. The probe is encased in a protec-
tive cylinder mounted onto the skull. This technique avoids poten-
tial confounds of using an anesthetic or physical restraint (tethering
of the animal). Moreover, this method has been successfully used to
monitor ICP for days after experimental ischemic stroke [11] and
intracerebral hemorrhage in rats [6]. Lastly, the described tech-
nique itself causes less brain injury than many alternative methods,
an important factor in stroke and trauma studies.

2 Materials

2.1 Head Assembly 1. Epidural cannula (see Note 1 and Fig. 1a).

2. Hollow nylon screws (PlasticsOne, Roanoke, VA, model
C212SGN; see Note 2 and Fig. 1a).

3. Metal screws (Small Parts via Amazon Business, Seattle, WA,
model B000FMUH4M, 1/8 in. length, #0-80 thread size; see
Note 3 and Fig. 1a).

4. PE 20 tubing (Instech Laboratories Inc., Plymouth Meeting,
PA, 0.38 mm internal diameter, 1.09 mm external diameter).

5. Plastic cylinder (see Note 4 and Fig. 1c).

2.2 Sterilization

Equipment

and Solutions

All surgical equipment and supplies must be sterilized prior to
surgery.

1. Autoclave.

2. Ethanol (70%) (see Note 5).

3. Sterilant (see Note 6).

4. Topical antiseptic (see Note 7).
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2.3 Surgical

Equipment

and Supplies

1. Cotton swabs.

2. Dental cement.

3. Drill bit (0.7 mm diameter; see Note 8).

4. Electric shaver.

5. Eye lubricant.

6. Forceps.

7. Gauze.

8. General anesthetic suitable for rodent surgery (see Note 9).

9. Hemostats.

10. Local anesthetic (see Note 10).

11. Needles (23 G).

Fig. 1 Components of the head assembly are shown. (a) (From left to right) Metal
screw, uncut hollow nylon screw, cut and filed 23 G needle (epidural cannula),
cannula inserted into cut nylon screw, PE 20 tubing. (b) Telemetric pressure
sensor. (c) Plastic cylinder with metal screws inserted around bottom
circumference and rubber stopper to seal the top
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12. Rectal temperature probe connected to control unit and
heating pad.

13. Rubber stopper.

14. Scalpel handle with size 11 blade.

15. Short screwdriver.

16. Stereotaxic drill.

17. Stereotaxic frame suitable for small animal surgery.

18. Sterile saline (see Note 11).

19. Surgical drapes.

20. Syringes (1 mL).

21. Tissue adhesive.

2.4 Telemetry

Equipment

1. Ambient Pressure Reference (Data Sciences Int., St. Paul, MN,
Model APR-1).

2. Data collection software (Data Sciences Int., Dataquest A.R.T.).

3. Pressure probe (Data Sciences Int., Model PA-C10; see Note
12 and Fig. 1b).

4. Telemetry receiver (Data Sciences Int., Model RPC-1).

3 Methods

Surgical procedures should be performed aseptically.

3.1 Surgical

Procedures

1. Turn on ICP probe (see Note 13).

2. Anesthetize animal (see Note 9).

3. Shave dorsal aspect of head. Clear area of loose hairs with
ethanol and gauze.

4. Inject local anesthetic subcutaneously in center of shaved area
(incision site; see Note 10).

5. Transfer animal to stereotaxic frame (see Note 14).

6. Insert rectal temperature probe and maintain normothermia
throughout procedure.

7. Apply eye lubricant.

8. Clean shaved area with 70% ethanol then topical antiseptic (see
Note 7).

9. Drape animal.

10. Make a midline scalp incision (approximately 2.5 cm).

11. Scrape away membrane from skull using cotton swabs.
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12. Drill a central hole for catheter insertion and surrounding holes
for metal screws to stabilize the head assembly (see Note 15
and Fig. 2).

13. Gently widen holes using drill bit. Insert metal screws into
surrounding holes to inner skull surface.

14. Fill hollow nylon screw with sterile saline and insert into central
burr hole (seeNote 16). Apply tissue adhesive to further secure
screw. Take care to avoid blocking hollow center with adhesive.

15. Attach a 3 cm piece of PE 20 tubing to cannula (see Fig. 1a). Fill
with sterile saline. Ensure that no bubbles are present within
tubing and catheter.

16. Insert the catheter with attached tubing into hollow screw.
Secure with adhesive.

17. Insert lead of pressure probe into tubing at end opposite
catheter (see Note 17).

18. Guide pressure probe through the plastic cylinder, and center
the plastic cylinder over the hollow screw.

19. Insert metal screws into cylinder holes (seeNote 4 and Fig. 2).

20. Secure cylinder with dental cement (see Note 18).

21. Once the dental cement hardens, place ICP probe within cyl-
inder and seal with rubber stopper. Take care that tubing does
not kink.

Fig. 2 Screws inserted into skull with metal cannula inserted into epidural space
through central nylon screw
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22. Discontinue anesthetic and hydrate animal subcutaneously
with 5 mL of sterile saline.

23. Place animal in home cage (see Note 19) on top of telemetry
receiver to begin recordings (see Note 20 and Fig. 3).

24. Provide appropriate postoperative care. Ensure that head
assembly does not become dislodged (see Note 21).

4 Notes

1. Any cannula can be used provided it fits the internal diameter of
the PE 20 tubing (0.38 mm, though this can be slightly wid-
ened) and the nylon screw (0.50 mm). A 23 G needle shaft can
be cut and filed to create an appropriately sized cannula. Care
should be taken to ensure that the needle shaft does not exceed
the length of the nylon screw (see Fig. 1a). A 3 cm length of
sterile saline-filled (see Note 11) PE20 tubing is connects the
pressure probe catheter with the epidural cannula. The pressure
probe catheter should not be directly attached to the cannula to
avoid damage to probe. Likewise, care must be taken to avoid
exerting excessive positive or negative pressure on the teleme-
try probe, which may result in probe failure. Manufacturer
guidelines should be followed.

Fig. 3 Sample traces of intracranial pressure (ICP, mmHg) are shown for the first
24 h following either an intracerebral hemorrhage (ICH) or a sham stroke in two
rats. Infusing bacterial collagenase into the striatum produced the ICH, whereas
only saline was infused in the sham animal (no stroke). These sample data from
two adult male rats were collected as part of study examining ICP responses
following untreated and treated ICH. The biosciences Animal Care and Use
Committee at the University of Alberta approved this work and procedures
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2. The shaft of the nylon screw should be cut to fit the thickness of
the rat’s skull (approximately cut in half if PlasticsOne model
C212SGN, see Fig. 1a). Cannula should be threaded through
the hole of the nylon screw prior to surgery to ensure it
fits well.

3. Screw length should not exceed 1/8 in. Small Parts model
B000FMUH4M screws work well for rat skull. Care should
be taken that screws are not inserted past the inner skull surface
to avoid injuring the brain.

4. To contain and protect the telemetry probe from damage, a
2.5 cm long cylinder can be cut from a 5 mL syringe barrel
(12 mm internal diameter, size of cylinder can be changed
depending on size of probe). The top of the cylinder must be
sealed with a rubber stopper. Screws are inserted around the
lower diameter of the cylinder to help secure cylinder to dental
cement (see Fig. 1c).

5. Screws, catheters, and PE 20 tubing must be sterilized prior to
use. Tubing cannot be autoclaved. Cidex OPA and ethylene
oxide are alternatives to ethanol that provide better sterilizing
action. All instruments must be kept on sterile nonporous
drapes during use.

6. We submerge the telemetry probe in 2% glutaraldehyde for a
minimum of 12 h, then thoroughly rinse several times with
sterile saline prior to use.

7. We apply Betadine to shaved head three times after cleaning
with 70% ethanol.

8. A 0.7 mm diameter drill bit is used to slightly widen burr holes
before inserting screws. This ensures a tight seal and easier
insertion.

9. We use isoflurane (4% induction, 2–3% maintenance) in 60%
N2O and 40% O2.

10. Subcutaneously inject local anesthetic (e.g., 0.1 mL of Mar-
caine) prior to incision. Local anesthetics can also be combined
with systemic analgesics to control pain in rats, but care must
be taken to avoid such agents that might affect ICP. Alterna-
tives to Marcaine include lidocaine and ropivaciane.

11. Alternatively, sterile artificial cerebrospinal fluid should
be used.

12. Alternative models are available (HD-S10 and PA-C40, Data
Sciences Int.), but are larger and heavier. Model PA-C10
weighs 1.4 g. The total weight of the head assembly and
probe is approximately 2.7 g. We implant this probe on rats
weighing at least 350 g. Use of larger probes is not
recommended.
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13. Pressure readings may take several hours to normalize after
surgery owing to opening the skull during the surgical proce-
dure. Pressure probe should be turned on several hours prior
to surgery to stabilize its readings. Baseline recordings should
be taken within 24 h prior to surgery to account for pressure
drift, which may confound ICP readings. However, drift is
typically very small (~0.25 mmHg per month on average).

14. Other invasive procedures (e.g., intraparenchymal injections)
should be done prior to implantation of pressure probe. This
technique requires the skull to be sealed and largely precludes
other procedures.

15. At least three stabilizing screws should be used (see Fig. 2).
Head of metal screws should border the inner lining of the
plastic cylinder, which should be centered over the catheter. We
drill the centre burr hole 3.5 mm to the right and 0.07 mm
posterior of Bregma. Other locations can be used provided the
plastic cylinder can be securely mounted on the skull.

16. Threading the center hole with a metal screw inserted to the
inner surface of the skull, and then removed, makes insertion of
the nylon screw much easier.

17. The pressure probe catheter is very sensitive. Air bubbles,
blood components, or foreign materials in the pressure-sensing
region may cause inaccurate pressure readings. Attachment of
the probe catheter directly to epidural catheter would damage
the probe. Care must be taken when inserting, removing, and
cleaning the catheter tip to avoid damage. The catheter tip
must be level with the body of the transmitter when taking
pressure offsets. Inaccurate pressure recordings after implant
may be due to damage sustained to the transducer during
insertion. System integrity can be confirmed by performing a
brief abdominal compression (~1 s, see ref. 11). This should
cause a transient ICP spike.

18. Dental cement should be applied both to interior of cylinder to
secure it to metal screws and exterior to seal incision wound
and further secure cylinder. Additional local anesthetic can be
applied prior to this step.

19. Animals should be individually housed and objects should be
removed to prevent dislodging of head assembly. Cages can be
fitted with high top cage lids to create additional height and
allow upright standing without interfering with head
apparatus.

20. Using this method, the average ICP in uninjured rats is approx-
imately 5 to 6 mmHg (see refs. 6, 11). It is important to note
that ICP readings vary considerably across different ICP mon-
itoring methods and/or locations (see refs. 5, 9, 10). We
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strongly recommend using appropriate controls in each exper-
iment (e.g., stroke vs. sham-operated rats).

21. It is possible for the head assembly to dislodge, potentially
requiring the animal to be euthanized and risking damage to
the telemetry probe. Probes are very delicate and can be easily
damaged by the animal if the head assembly becomes dis-
lodged. Care must be taken to adequately monitor rats for
postoperative pain, dehydration, and malnourishment and to
ensure the head assembly is well secured. Soft food, such as
peanut butter, may be given to encourage eating and improve
hydration as determined by veterinarian consultation. Oral
hydration gels or intraperitoneal saline can also be given.
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Chapter 3

A Lateral Fluid Percussion Injury Model for Studying
Traumatic Brain Injury in Rats

Paige S. Katz and Patricia E. Molina

Abstract

Traumatic brain injury (TBI) diagnoses have increased in frequency during the past decade, becoming a
silent epidemic. The pathophysiology of TBI involves pathophysiological processes affecting the brain,
induced by traumatic biomechanical forces resulting in temporary impairment of neurological function.
Preclinical models have been generated to recapitulate the mechanical, neuroinflammatory, and behavioral
outcomes observed in the clinical setting. The lateral fluid percussion (LFP) model is the most extensively
used and well-characterized model of nonpenetrating and nonischemic TBI. The model is reproducible and
can be adjusted to produce a mild to moderate and severe injury, as reflected by mortality and return of
reflexes, by adjusting the amount of force applied. The histopathological changes achieved with this model
reproduce that seen in human TBI including focal contusion in the cortex, with accompanying intrapar-
enchymal punctate hemorrhage, followed by inflammation and neuronal degeneration. This chapter
describes the LFP model, which produces a mixed model of focal and diffuse brain injury that progresses
over time affecting predominantly the cortical parenchyma.

Key words Traumatic brain injury, Fluid percussion injury, Lateral, Craniotomy

1 Introduction

Traumatic brain injury (TBI) is a national healthcare problem with
an increasing frequency, affecting an estimated 1.7 million Amer-
icans per year [1, 2]. Mild TBI and concussions are the most
common form of TBI, accounting for nearly 88% of all TBI related
incidents, and TBI is a leading cause of morbidity and mortality in
young adults in the USA [1, 3]. Currently, TBI is a poorly recog-
nized and understood injury, as the majority of patients appear to
recover within days to weeks. However, TBI is a complex process
involving the primary injury or mechanical insult, followed by the
secondary injury which can manifest over a period of hours to days
and even years [4]. The processes and mechanisms underlying the
secondary injury are the focus of intense investigation targeted
toward identifying the molecular mechanisms involved and
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providing potential therapeutic treatments to reduce long term
damage following the initial injury [5–7].

Several experimental models have been developed to reproduce
and study the pathological sequelae following mild TBI or concus-
sions in humans [8–11]. Initially, the midline fluid percussion
model was developed to study brain injury, and has since been
modified to the lateral fluid percussion (LFP) for use in rodents
[8, 9]. The LFP model of TBI is an extensively used, well-accepted,
and reliable method for reproducing several pathological responses
as seen clinically [12–14].

2 Materials

2.1 Surgery 1. Stereotactic alignment frame (Model 900, KOPF Instruments)
for rats, with non-rupture ear bars, and gas anesthesia nose
holder (KOPF Instruments).

2. Isoflurane vaporizer/anesthesia machine (Parkland Scientific)
and induction chamber (World Precision Instruments).

3. F/Air scavenger carton (Braintree Scientific, Inc.).

4. A warming pad placed under the rat and set at 37 �C to
maintain constant body temperature during surgery.

5. Maxi Cide/Glutaraldehyde (Henry Schein).

6. Sterilized/autoclaved water.

7. Clippers (Oster).

8. Betadine surgical scrub (povidone–iodine, 7.5%) and isopropyl
alcohol.

9. Surgical gooseneck light.

10. Artificial tears (Henry Schein).

11. Sterile gloves, face mask, and hair bonnet.

12. Sterilized instruments pictured (see Fig. 1 Scalpel blade (#22)
and holder (Becton Dickinson), Hemostats (Halstead Mos-
quito Forceps 500 Curved, 1.3 mm tips, Roboz, Gaithersburg,
MD), Michele Trephine, 5 mm outer diameter (6.25 3/1600

OD, Roboz), Fine forceps #7 (Dumont #7 Vessel Dilating
Forceps Inox Tip Size 0.20 � 0.16 mm, Roboz).

13. Sterilized instruments not pictured: Bone scraper (Spratt
Curette 6.500 Oval Size 2/0, Roboz), stainless steel mounting
screws (Size 0–80 � 3/32, Plastics One, Roanoke, VA).

14. Sterilized cotton tipped applicators and 2 � 2 gauze.

15. 20G 100 needles (Becton Dickinson) with the needle cut off to
be used as the cannula over the craniotomy (see Fig. 2).

16. Sterile saline.
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17. Three way stop cocks for caps.

18. Super glue gel, jet denture repair powder and liquid (Lang
Dental).

2.2 Lateral Fluid

Percussion

1. High pressure tubing with male Luer-lock attachment (Baxter,
Extension Set).

2. Fluid percussion instrument (FPI) with pressure transducer
amplifier (Model # 01-B, Custom Design and Fabrication,
Virginia Commonwealth University).

Fig. 1 Picture of instruments used for craniotomy surgery. (1) Scalpel holder and
scalpel blade, (2) Hemostats, (3) Michele trephine, (4) Fine forceps

Fig. 2 Example of cannula, made from a 20G 100 needle
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3. Computer (PC or Mac) and Lab Chart for data acquisition
(ADInstruments, Colorado Springs, CO).

4. Sterile water.

5. 25 mL syringe.

3 Methods

3.1 Surgery/

Craniotomy

1. Prepare sterile operating field with sterile drape and open sur-
gery pack on to sterile field.

2. Weigh and record rat’s weight.

3. Anesthetize rat with 3–4% isoflurane for 4–5 min in the induc-
tion chamber.

4. Shave the animals head from behind the ears to the middle of
the snout and remove any loose hairs.

5. Place back in induction chamber for 2–3 min.

6. Move rat to stereotactic frame and redirect isoflurane to nose
holder on stereotactic frame. Maintain anesthesia at 2–3%
throughout the surgery.

7. Stabilize the head in a stereotaxic frame using the incisor bar
and a pair of nonrupture ear bars.

8. Apply an adequate amount of eye lubricant to each eye.

9. Scrub and clean surgical area first with Betadine followed by
Isopropyl alcohol; repeat three times.

10. Using a #22 scalpel blade, make an incision (�3 cm) from
between the eyes and over the cranial crown.

11. Reflect the overlying skin and muscle to expose the cranium
and pull back each side with curved hemostats.

12. Using sterile cotton tipped applicators, swab the skull to
remove any membrane.

13. Using the bone scrapper, gently scrape the skull in both direc-
tions to prepare the surface for super glue and dental acrylic (see
Note 1).

14. Place a 2 � 2 piece of gauze over skull and leave for a few
minutes to ensure that the skull is completely dry.

15. Hand drill one hole posterior to Lambda, to place an anchor
screw that will help secure the dental acrylic.

16. Carefully set the screw, making certain not to contact the dura
(three full turns is sufficient).
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17. Using the stereotaxic frame, locate bregma (see Fig. 2) and
position the left arm of the stereotaxic frame in the center of
bregma and the lateral suture.

18. Using the dials on the stereotactic frame, move the left arm
2mm posterior (back) to the bregma, and 3mm lateral (left) to
midline.

19. Mark the skull with a permanent marker to indicate the site of
the drill hole.

20. Using the Michele Trephine gently drill a circular track with
the mark from the step 18 as its center (see Note 2).

21. Drill until the skull flap depresses with light force by forceps.

22. Remove the circular skull flap. Be sure the dura is intact before
continuing (see Note 3).

23. Using sterile gauze, wipe the skull of any bone fragments and
ensure the skull is completely dry before continuing.

24. Introduce the head cannula (make sure that it is completely
dry) to the craniotomy hole until it is directly above the dura.

25. The cannula should fit the craniotomy hole snugly and there
should be nothing obscuring visualization of the dura through
the center of the cannula.

26. Once you have aligned the cannula directly over the drill hole,
seal the perimeter with super glue.

27. Allow the glue to dry completely for approximately 5 min (see
Note 4).

28. Fill the cannula with sterile saline to ensure the dura does not
dry out.

29. Mix equal parts of dental acrylic and jet liquid in a small tray.
The amount needed should cover the exposed skull and sur-
round the cannula (see Note 5).

30. Using a 1 mL syringe, draw up the acrylic mixture and apply
one layer of dental acrylic glue (seeNote 6). Allow the first layer
to dry and then apply a second layer.

31. Once the dental acrylic is completely dry, apply one final layer
of Super Glue® around the cannula sealing the cannula to the
dental acrylic for additional reinforcement.

32. Once the glue is dry, cap the cannula to keep the dura moist
during recovery from surgery.

33. Remove the animal from the stereotaxic head frame and place
on its side, in a clean cage (which should sit on a heating pad)
for observations until the animal regains consciousness (when
using isoflurane the animal typical wakes up within 5–10 min
after being place in the recovery cage).
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3.2 Induction of TBI

Using a Fluid

Percussion Instrument

1. To set up the FPI fill the chamber with sterile water making
sure that no bubbles are present (see Note 7).

2. Attach a 25 mL syringe filled with sterile water to the center
port and use this to remove any bubbles and/or fill the cham-
ber after use.

3. Prior to use, confirm that the FPI and the high-pressure tubing
connected to it are filled with sterile water and free of air
bubbles.

4. Turn on the pressure transducer amplifier that is connected to
the FPI.

5. Calibrate the instrument using the 100 PSI calibration switch.
A two point calibration can be completed by setting the pres-
sure in pounds per square inch (PSI), with the pressure tubing
open, to the zero level set your value to zero in you data
acquisition software; to set the 100 level, switch on the
100 PSI calibration switch and set that value to 100 in your
data acquisition software.

6. To complete the setup, turn the data acquisition on and with
the Luer-lok end of the tubing closed, release the pendulum to
deliver test pulses. The device should be primed by delivering
approximately five test pulses. Confirm that pendulum gives a
smooth signal on the oscilloscope and amplifier (see Fig. 3). A
noisy signal indicates air in the system that must be removed
prior to delivering the injury pulse (see Note 8).

7. If necessary, adjust the angle of pendulum to increase or
decrease the intensity of the pulse. The angle of the pendulum’s
starting position for a mild to moderate TBI is approximately
18–20� (see Note 9).

8. Placed the rat in the 4–5% isoflurane anesthesia chamber
(pre-charged) until a surgical plane of anesthesia is reached.
The rat is placed on the stereotaxic frame next to the FPI and
the hub cleaned of any clotted blood and then filled with sterile
saline. The tubing of the FPI with a male Luer-lok is attached
to the female Luer-lok fitting of the cannula hub.

9. Turn the isoflurane off, once a normal breathing pattern
resumes but prior to the animal regaining complete conscious-
ness (~1–2 min), release the pendulum of the FPI to cause a
single pulse of injury (Fig. 4). It is important to not induce the
injury while the animal is too anesthetized as it could cause
severe respiratory depression and death. The exact pressure of
the pulse should be recorded. Uninjured, sham animals
undergo all of the same procedures with the exception of the
actual fluid pulse to induce injury.

32 Paige S. Katz and Patricia E. Molina



10. Start a timer at the time of injury so that apnea and righting
reflex can be recorded (see below). Immediately after the injury
each animal should be placed on the right side and allowed to
recover.

(a) For apnea, observe the time it takes the animal to take its
first breath following injury. For sham animals, this will
be zero.

(b) For righting reflex, record the time it takes the animal to
right itself on all four paws after being placed on its side.

11. Respiratory rate should also be taken and recorded following
the injury.

12. Once the animal has righted to all fours paws, place it back in its
cage and monitor the animals for at least 1 h post-TBI.

13. Follow-up behavioral assessments may be used to confirm
injury severity and treatment effectiveness.

Fig. 3 Location of craniotomy on the left side of the rat skull
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4 Notes

1. Scraping the skull can be done once, then wiped with gauze
and repeated. Using this technique will improve the adherence
of the super glue as well as the acrylic.

2. This step requires even pressure to create a groove. Once the
groove is made, special care should be taken when applying
downward pressure as the rat’s skull is thin and too much
pressure will damage the dura.

3. The inner dura has a distinct pink appearance and any damage
to the dura will cause bruising or bleeding.

4. It is recommended that several thin layers of glue be applied,
letting each layer dry completely before applying the next.
Make sure the cannula and skull surface are completely dry
before applying the glue, as fluid and tissue can cause the glue
to not adhere properly.

5. Make sure that the acrylic is not too high up the cannula as this
could impede securing of the cap in step 30.

6. Make sure to completely cover the anchor screw and the bot-
tom half of the cannula. This will ensure that the cannula stays
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in place during the injury. ALLOW THE ACRYLIC TO
COMPLETELY DRY.

7. Directions on the setup and filling of the FPI are included with
the instrument and should be followed prior to TBI.

8. The amplifier provided with the FPI converts the signal from
the pressure transducer bridge to an output of 10 mV for every
pound per square inch (PSI) relative to atmospheric pressure.
To record the pressure for each event, the amplifier will need to
be connected to either a computer with data acquisition soft-
ware or an oscilloscope.

9. The transducer amplifier supplied with the FPI is calibrated
such that 10mV¼1.0PSI.One atmosphere (ATM)¼14.7PSI.
Injury pressures delivered are typically in the range of 0.9–2.1
atmospheres to produce a range of righting reflex times and an
increasing mortality associated with pulmonary edema. With
this model, mild injury results in an average righting reflex time
of 2–4 min and a 0–5% mortality rate. Moderate injury results
in an average righting reflex time of 6–10 min and a 10–20%
mortality rate.
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Chapter 4

A Mouse Controlled Cortical Impact Model of Traumatic
Brain Injury for Studying Blood–Brain Barrier Dysfunctions

Himakarnika Alluri, Chinchusha Anasooya Shaji, Matthew L. Davis,
and Binu Tharakan

Abstract

Traumatic brain injury (TBI) is one of the leading causes of death and disability worldwide. It is a silently
growing epidemic with multifaceted pathogenesis, and current standards of treatments aim to target only
the symptoms of the primary injury, while there is a tremendous need to explore interventions that can halt
the progression of the secondary injuries. The use of a reliable animal model to study and understand the
various aspects the pathobiology of TBI is extremely important in therapeutic drug development against
TBI-associated complications. The controlled cortical impact (CCI) model of TBI described here, uses a
mechanical impactor to inflict a mechanical injury into the mouse brain. This method is a reliable and
reproducible approach to inflict mild, moderate or severe injuries to the animal for studying TBI-associated
blood–brain barrier (BBB) dysfunctions, neuronal injuries, brain edema, neurobehavioral changes, etc. The
present method describes how the CCI model could be utilized for determining the BBB dysfunction and
hyperpermeability associated with TBI. Blood–brain barrier disruption is a hallmark feature of the second-
ary injury that occur following TBI, frequently associated with leakage of fluid and proteins into the
extravascular space leading to vasogenic edema and elevation of intracranial pressure. Themethod described
here focuses on the development of a CCI-based mouse model of TBI followed by the evaluation of BBB
integrity and permeability by intravital microscopy as well as Evans Blue extravasation assay.

Key words Blood–brain barrier, Controlled cortical impact, Traumatic brain injury, Intravital micros-
copy, Evans Blue, Edema, Intracranial pressure, Central nervous system, Hyperpermeability, Endothe-
lial permeability

1 Introduction

Traumatic brain injury (TBI) is a complex injury occurs when an
external mechanical force causes disruption in the normal function
of the brain. Although there are multiple factors that contribute to
the high mortality and morbidity observed in TBI, the develop-
ment of cerebral edema, remains the most significant predictor of
outcome. One of the major routes for the leakage of fluid and
proteins from the intravascular space to the extravascular area “vas-
cular hyperpermeability” leading to this edema is the blood–brain

Binu Tharakan (ed.), Traumatic and Ischemic Injury: Methods and Protocols, Methods in Molecular Biology, vol. 1717,
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barrier. Endothelial hyperpermeability is a significant problem in
vascular conditions associated with traumatic and ischemic injuries,
sepsis, atherosclerosis, acquired respiratory syndrome, diabetic ret-
inopathy, thrombosis, inflammatory bowel disease, and cancer
[1–4]. Of them, the most common traumatic injuries is traumatic
brain injury (TBI). According to most recent CDC estimates
(2010), there are 2.5 million new cases of TBI annually, with
50,000 deaths, 28,000 hospitalizations, and 2.2 million emergency
department visits (http://www.cdc.gov/traumaticbraininjury).
The large economic cost burden (direct and indirect costs) for
healthcare costs, lost wages/productivity for patients suffering
with TBI is estimated to be $76.5 billion according to 2012 CDC
estimates [5, 6]. Disabilities that occur as a consequence of TBI
include: emotional and mental disabilities; speech and language
problems; loss of hearing, vision, taste, or smell; seizures; paralysis;
and coma in some cases, and the chief causes of these injuries
include violence, slips and falls, motor vehicle accidents, firearms,
construction, sports, and other transports [7, 8].

TBI can be described as damage to brain due to an external
mechanical force (rapid acceleration/deceleration, blast waves,
crush or penetration by a projectile [9, 10]). TBI is divided into
two main types of injuries: primary injuries due to a direct and
immediate mechanical disruption of brain tissue by shear stress;
and secondary injuries, a matrix of delayed events affecting neuro-
nal, glial, and vascular structures leading to brain edema, BBB
breakdown, and cerebral ischemia [11]. Primary injury that occurs
after TBI cannot be treated but it can only be prevented. However,
secondary injury that occurs following TBI can range fromminutes
to days and understanding the secondary injuries is critical for
providing adequate treatment [12, 13]. TBI is clinically evaluated
in patients with the help of four parameters: (1) Duration of loss of
consciousness, (2)GCS scale (mild¼GCS>¼13;moderate¼GCS
9–12; severe¼GCS 3–9), (3) length of posttraumatic amnesia, and
(4) ranchos Los amigos scale (1–10) [14, 15]. However, clinical
symptoms of TBI may not be relevant to available animal models of
TBI. The best way to understand the pathobiology of TBI and to
identify potential therapeutic targets, is to generate relevant equiva-
lents in behavior based on the assumed brain regions that are
involved, and to find the underlying mechanisms even though
precise mechanisms vary between animals and humans [16]. Most
of the currently used animal models involve neuronal death and
white matter damage that occur as part of both primary and sec-
ondary injuries in brain [12]. However, there are also several lim-
itations that exist with the current animal models, like the
physiological differences observed (due to differences in brain
structure and function in the groups), gender differences (the
possibility that females suffer less morbidities and complications),
physiological variables like blood pressure, blood/brain ionic
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concentrations, partial pressures of carbon dioxide and oxygen,
brain temperature, and accuracy of injury severity measurement,
as even a small variation in the position of craniotomy can lead to
variable results in cognitive abilities [16]. The CCI approach
described here addresses several of these aspects including BBB
dysfunctions.

The blood–brain barrier acts as a dynamic interface between the
systemic blood circulation and the central nervous system. It acts as
a barrier by regulating the exchange of substances and thus main-
taining the normal neuronal activity in CNS. The BBB consists of
brain endothelial cells along with various brain derived cells includ-
ing astrocytes, pericytes, neurons, and extracellular matrix (ECM)
and collectively comprises the neurovascular unit (NVU). The key
feature of the BBB includes the well-defined tight junctions, com-
prising tight junction proteins (TJPs). TJPs play an important role
in regulating the paracellular microvascular permeability. Perme-
ability is shown to be largely influenced by various parameters like
size, shape, charge, type of the extravasating molecules, nature of
the vascular beds, etc. [17]. Tight junctions predominantly com-
prise of integral transmembrane proteins (claudins, occludin, junc-
tional adhesion molecules, etc.) and accessory cytoplasmic
membrane proteins (e.g., Zonula occludens-1; ZO-1). Brain
microvascular hyperpermeability that occurs as a consequence of
breach in the BBB following TBI is shown to be the chief cause of
unfavorable outcomes like edema and elevated intracranial pressure
(ICP) [18, 19]. Vasogenic edema is shown to be the most signifi-
cant form of edema that occurs via the BBB and it results from the
excessive leakage of plasma fluids and proteins resulting in micro-
vascular hyperpermeability. In the meantime, an increase in the ICP
that occurs as a result of this edema decreases the cerebral perfusion
pressure (CPP), and thus, alters the cerebral blood flow affecting
tissue oxygenation etc. The methods described in this chapter
utilizes fluorescein-isothiocyanate (FITC) tagged dextran of
known molecular weight (10 kDa) and Evans Blue dye, a dye
when injected into blood, binds to serum albumin. The crossing
of Evans Blue-bound albumin across the BBB is considered strong
indications of BBB dysfunctions and microvascular hyperperme-
ability following TBI. The CCI technique described here is origi-
nally developed by James Lighthall and his colleagues in the 1980s.
Since its development, it has become one of the most commonly
used models of brain injury in multiple species of animals in labora-
tory settings. Furthermore, this method allows for the quantitative
control over injury force and velocity as well as tissue deformation
and the flexibility of use as it can be controlled easily in a research
lab setting to produce a wide range of injury magnitudes and also
produce gradable functional impairment, tissue damage, or both
[16]. The main advantages of this method are high reproducibility,
adjustable position and angle features, relatively low mortality rate
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of animals, and controlled deformation parameters like time, veloc-
ity, depth of impact with no rebound injury compared to other
existing models. CCI mimics a wide range of focal and diffuse
axonal injury which is most closest representation of clinical brain
injury while the limitation being the need for craniotomy surgery,
cost of the instrument, and complexity [12, 16].

2 Materials

2.1 Reagents l 70% Alcohol.

l Artificial cerebrospinal fluid.

l Trichloroacetic acid.

l 0.9% Saline.

l Phosphate buffered saline (PBS).

l Betadine solution.

2.2 Equipment l Gaymar pump.

l Heating pad.

l Intravital microscope.

l Control cortical impact.

l Cooling centrifuge.

l Homogenizer.

l Electric shaver.

l Micro drill with diamond tip.

l Burrs for micro drill.

l Timer.

2.3 Supplies l Syringes.

l 25G, 27G/30G needles.

l Blunt and sharp end scissors.

l Blunt and sharp end forceps.

l Sterile cotton tipped applicators.

l Gauze.

l Lubricating eye ointment.

l Cover glass with diameter 5 mm.

l Large blunt/blunt curved scissors.

l Standard tweezers.

l Hemostat forceps.
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l Tray with Styrofoam cooler.

l Gloves.

l Loctite superglue.

2.4 Working

Solutions

l 5% Evans Blue solution.

l FITC-dextran.

l Anesthetic—Urethane.

3 Methods

3.1 Anesthetizing

the Animals

Before starting any experiments with animals, all the protocols
should be approved by the relevant institutional animal care and
use committees or relevant ethics committee and researchers
should be trained properly to perform surgical procedures. It is
also advised to consult with institution veterinarian prior to the
start of the animal procedures. Mice are housed in controlled
environment in the animal facility and should be allowed to accli-
matize for minimum 1 week if brought from an outside facility.
Water and food are provided ad libitum. C57BL/6 male mice
ranging from 2 to 5 months old are used for imaging experiments
usually within the weight range of 22–30 g (see Note 1).

In this procedure, animals should be weighed initially to deter-
mine the anesthesia dose. Anesthesia chosen is normally based on
the kind of surgery performed, duration of anesthesia effect, route
of administration (i.e., oral or IP), etc. (see Note 2). Anesthetics
should preferably be prepared fresh. Wakefulness of the animal
should be ensured by toe-pinch response. Following anesthesia,
eye lubricating ointment is applied on the eyes of the animal to
prevent dryness. Anesthetics affect the thermoregulation of the
animal; hence it is very important to maintain the animal’s body
temperature by placing it under the lamp or on heat pad through-
out the experiment, as this can affect both the reproducibility and
mortality rate of the animals (seeNotes 3 and 4). Rectal probe must
be used at all times to monitor the body temperature of the animal
(see Note 5).

In this study urethane is used as a terminal anesthesia in mice.
Animal should be warmed sufficiently prior to the urethane injec-
tion and also post-urethane injection the animal should be contin-
uously placed on the warm pad as most of the anesthetics can cause
hypothermia in animals. Urethane is found to be very good for our
experiments as it maintains its anesthesia level for up to several
hours. Urethane preparation: 800 mg of urethane is added to
3 mL of saline to make 4 mL of urethane solution making a final
concentration of 200 mg/mL (see Note 6). Urethane injection:
Drug is injected at a maximal dose of 2 g/kg to the mice
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intraperitoneally (IP) (see Note 7). Typically, for a 30 g mouse,
300 μL of the 200 mg/mL urethane is given. However, only half of
the volume is given initially, i.e., 150 μL and the animal is allowed
to be anesthetized for 5–10 min, 1/4th, i.e., 70 μL of the total
volume is given as second dose and toe-pinch response is assessed
and the last 1/4th of the volume is given only if the animal exhibits
a pain response on toe-pinch. It usually takes about 20–30 min for
the animal to become fully anesthetized.

3.2 Intravenous Tail

Vein Injection

Mastering tail vein injection technique is very important prior to
performing intravital microscopy (IVM)/Evans Blue dye (EBD)
extravasation techniques to assess BBB integrity/permeability.
Examples of intravenous injection include injecting under skin
into vein using needles, or using catheters, for example in jugular
vein. In this case, we chose to perform the intravenous injection
into the tail vein, as it is noninvasive in nature compared to insert-
ing catheters into jugular vein. Mouse tail has several small veins;
hence, care should be taken to inject the dye or drug into the lateral
tail vein. Sterility of the solutions injected is essential and can affect
the rate of mortality. Dilation of the vein is extremely helpful and
can be done by warming the mouse using a heat lamp or warming
heat pad or immersing the tail in warm water (see Note 8). Typi-
cally, 27/30G � ½ in. needles are chosen for tail vein injections in
mice. Both the animal and the dye/drug to be injected should be
warmed to the body temperature of the animal, which is 37–38 �C.
Maximum volume of tail vein injection depends on the size, strain
and the vehicle used, for mice it is advisable not to inject beyond
200–250 μL. Care should be taken to remove all the air bubbles
from the dye/drug injections given to the animals, as intravenous
injection of air bubbles can result in death of the animal.

In this procedure, the needle containing the dye/drug should
be inserted into tail at 10–15� angle with the bevel facing up while
syringe parallel to the tail. Needle should be inserted into the tail as
low as possible and if the injection fails chose a position higher on
the tail compared to the previous injection site. Ideal distance of
injection is one-third of the tail. Lack of resistance is the best
determinant to successful injection into the tail vein. Do not
apply back pressure as that can collapse the vein. Restraint devices
can also be used for performing tail vein injections based on experi-
ence and the level of comfort. Compression of the tail vein proxi-
mally is also shown to aid well in tail vein injection.

Apart from tail vein injections, several additional procedures
can be performed based on the goal of the experiment including
jugular vein cannulations for intravenous drug administrations and
carotid artery cannulation for blood pressure and heart rate moni-
toring, tracheal intubation for artificial ventilation. Femoral and tail
vein cannulations can also be done to replace jugular vein injections
to inject fluorescent dyes, drugs, antibodies, etc. [21].
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3.3 Surgical

Procedures

Following anesthesia, animals are set up for surgical procedures. All
surgical instruments should be sterilized with cidex or other instru-
ment sterilizers prior to performing any surgical procedure on
animals. Animals should be injected subcutaneously with 1 mL of
isotonic saline before the surgery to prevent dehydration. Body
temperature of the animal should be maintained at 37–38 �C at
all times and temperature is monitored using a rectal probe. A
thermostatically controlled surgical heating pad may be used
preferably.

1. Dorsal side of the head of the animal is shaved using electrical
razor.

2. Surgical site on the surface of the head should be wiped with a
gauze sponge soaked in 70% ethanol followed by betadine
solution.

3. Apply lubricating eye ointment using a sterile Q-tip to prevent
the loss of moisture from the eyes during the period of the
surgery (see Note 9).

4. Animals are injected with 100 μL of fluorescein isothiocyanate
(FITC-Dextran-10 kDa; IV) at least 10–15min prior or post to
performing sham or CCI procedures (see Note 10). Intrave-
nous injection protocol should be followed as described above.

5. Post FITC injection, animals should be prepped for sham or
CCI injury procedures.

6. First, using a forceps gently lift up a small piece of skin at the
midline and make a small incision with the help of scissors and
remove the skin from top of the skull exposing the sagittal
suture, bregma, and lambda.

7. A drop of lidocaine and epinephrine solution may be applied
immediately onto the periosteum to avoid excessive bleeding
or pain.

8. Periosteum underneath the skull should be gently separated by
making an incision using scissors and moving it around using
sterile cotton swabs.

9. Perform circular craniotomy window employing a micro drill
with a diameter ranging from 3 to 4 mm. Head of the animal
should be intermittently irrigated with warmed artificial cere-
brospinal fluid (ACSF) or sterile saline to prevent overheating
of the brain, as it can hamper with the results (see Note 11).
The resulting bone flap is removed.

10. Sham animals only receive craniotomy surgery, while CCI
induced group receives brain injury following craniotomy
procedure.
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11. CCI Protocol: Benchmark stereotaxic impactor from Leica is
used in this protocol (see Note 12). Prior to the CCI proce-
dure, dwell time and velocity should be adjusted in the impac-
tor and the right size of the impactor probe tip should be
chosen from the settings described inNote 12 and the position
of the impactor shaft should be inclined according to the
position of the head of the animal.

l In this procedure, Extend/Retract toggle switch should be
firstly placed in Extend position.

l Sham induced animal should then be mounted on the ste-
reotaxic frame of the CCI instrument (see Note 13).

l Mounting the animal on stereotaxic frame is done in follow-
ing steps: (1) hold the animal toward one side of the bar and
pushing in the other side into the ear canal, (2) open the
mouth, put the fixture and tighten.

l The impact probe should first be centered onto lambda and
the anterior/posterior, medial/lateral readings on the digi-
tal manipulator should be zeroed.

l At this point the clip on the end of the lead wire of the
contact sensor should be pinned to the skin or the base of
the tail or ear of the animal and the impact probe should be
lowered onto the brain of the animal, until a beep is heard.

l Now, the dorsal/ventral reading on the digital manipulator
is zeroed and the Retract/Extend toggle switch should be
changed back to Retract position.

l Adjust the dorsal/ventral settings on the digital manipula-
tor to negative values based on the depth of injury chosen.
For example, 1 was chosen for mild TBI, �2 for moderate
TBI and �3 for severe TBI in this study (see Note 14).

l Animal should then be removed from the CCI instrument
and placed on a stereotaxic frame and prepped for imaging
under the IVM.

12. Intravital microscopy (IVM): It was first described by
Wagner in nineteenth century and has been modified over
the years. It is a visualization technique used to study cellular
and subcellular interactions that occur in live animals and hence
is a very useful technique for studying various molecular and
physiological changes that take place in animal tissues. It was
traditionally used to study microcirculatory changes in post-
capillary venules following inflammation or in various in vivo
studies employing transparent tissues like cremaster muscle,
mesentery, etc.; however, with the help of fluorescently tagged
proteins or agents of known molecular weight we can study the
cell biology and functions dynamically in opaque tissues like
brain and joints. Most commonly used dyes to study various
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properties of vasculature include: fluorescent-isothiocyanate
(FITC), Rhodamine 6G, and fluorescently tagged antibodies.
This method also enables us to study the effect of various
pharmacological agents or effect of various genetic manipula-
tions in the in vivo system. Recently, it has been shown to be
effective model in studying BBB endothelial cell junctions
[20]. The most challenging part of animal studies using IVM
is shown to be the preparation of the animal for observation
under microscopy following various surgical procedures [20].

Conventional microscope and IVM differ in the way the
sample is handled as in vivo conditions animals are thicker than
cells on a glass slide hence the working distance between the
condenser and the objectives are different. As in vivo imaging
employs animals, a large stage is needed so as to hold a variety
of additional sensors, tubing, etc. Thermostatic control of
animal core and surface temperature is essential. Consequently,
need a customized stage most often. Intravital microscopy is
mostly associated with imaging and measurement of dynamic
events. As we image dynamic events, the data/image storage
requirements are also quite high [20, 22].

Set up and imaging using IVM

1. Following sham or CCI injury to animals, the surgical site is
cleaned with absorbable gelatin sponges and a small cover glass
resembling the size and shape of the removed bone flap is
placed on the surgical site and sealed with super glue by gently
placing the glue on the outer edge of the surgical site.

2. Microscope should be set up by enclosing it with warm and
humidified air or alternatively, the animal, microscope stage
and the objective must be warmed by other means, e.g., heat-
ing pads warm the animal and the stage while objective heaters
are also available for warming up the objective (see Note 15).

3. The aluminium plate insert under the objective must be
cleaned with 70% ethanol.

4. We used inverted microscope with fluoview-1000 laser scan-
ning confocal unit with water immersion Leica 40�W DIC M
N2 objective, numerical aperture 0.8, refractive index 1.33 and
imaged using a FITC imaging cube with emission wavelength
of 525 nm.

5. Open the acquisition software and configure the settings of the
intravital microscope. To find the correct focal plane 4� DIC
image is taken by moving the objective toward the coverslip
until the microcirculation in the brain is clearly visible.

6. To visualize the fluorescence, DIC cube is rotated to FITC
cube, this imaging cube has an emission wavelength of
525 nm. Set up all the imaging parameters on the ND
acquisition tab.
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7. All the vessels are checked initially to evaluate the quality of the
preparation and a vessel in which blood is flowing and which is
around 20–80 μm in diameter is chosen for imaging in the pial
microcirculation.

8. Imaging on intravital microscope can be performed every
20 min up to 2 h. Each spot is recorded for 30 s or a snapshot
of the image is taken (see Fig. 1).
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Fig. 1 This figure demonstrates the leakage of fluorescein dextran (FITC-
Dextran-10 kDa) from the blood vessel following breach in blood–brain barrier
that occurs following Controlled Cortical Impactor-induced traumatic brain injury
(TBI) in mouse brain pial vasculature. Animals were injected with FITC-dextran-
10 kDa few minutes post TBI injury and were grouped into sham injury (only
craniotomy; a) and mild TBI injury (2 mm depth with 0.5 m/s velocity and 100 ms
contact time; b). Following the injury, animals were placed under intravital
microscope and the microcirculation in the pial vessels is imaged every
20 min. Representative images are provided in this figure
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9. Baseline-integrated optical intensities should be obtained from
intravascular and extravascular sites and change in light inten-
sity values should be evaluated. This can be calculated by using
the formula: ΔI ¼ 1 � (Ii � Io)/Ii, where I is the change in
light intensity, Ii is the light intensity inside the vessel, and Io is
the light intensity outside the vessel. Experimental values thus
obtained should be compared with initial baseline value and
expressed as percentage change. This method decreases bias
between animals due to red blood cell accumulation and
changes in room lighting.

10. After the completion of the procedure, anesthetized mice are
euthanized by cervical dislocation.

13. Evans Blue Extravasation Study: Evans Blue, also known as
T-1824 is an alkaline dye (MW—961 Da) that binds to serum
albumin. This dye is extensively used for assessing changes in
vascular permeability in various physiological disorders ranging
from immunological, inflammatory, cardiovascular, and cancer
studies. The dye is traditionally nontoxic in nature and has
been used in several concentrations ranging from 1% to 5%
and injected at doses ranging from 1 to 5 mg/kg body weight
and higher depending on the blood volume of the chosen
animal model (see Note 16). It can be administered through
various routes including intravenous, intraperitoneal, and sub-
cutaneous based on the kind of study and the target organ
under investigation ([17]; seeNote 17). Restricted exchange of
fluids and solutes occurs at the BBB however this condition is
altered in a disease condition. Evans Blue works on the princi-
ple that under homeostatic conditions, BBB is impermeable to
leakage of albumin into the brain, however, this condition is
reversed when there is a breach in the integrity of the BBB
leading to EBD extravasation into brain tissue, hence, this
technique can be used to assess the leakage in BBB. Our studies
show that TBI induced animals are shown to have increased
leakage of EBD from the blood vessels compared to the
non-TBI animals and TBI affected organs show increased
blue coloration compared to the nonaffected organs. Changes
in vascular permeability using EBD can be either quantified by
visualization, e.g., microscopy, or fluorimetric/colorimetric
techniques. An advantage of this technique is it can be used
to study the variations in BBB permeability in genetically mod-
ified mice with different backgrounds [23].

Surgical procedures

1. Evans Blue Injection into mice: Prior to Evans Blue injection,
animal is anesthetized with urethane as described in the
anesthetizing protocol as discussed above. Following anesthe-
sia, each animal is injected with 100 μL of the Evans Blue dye at
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5% concentration intravenously. Dye can be dissolved in sterile
PBS/0.9% saline. Tail vein injection is performed as described
in the IV injection protocol section. Evans Blue should be
injected 5–30 min before performing the surgery so as to
allow the dye to circulate in the system (see Fig. 2).

2. TBI induction: Following the tail vein injection, animals are
inflicted with TBI using the CCI procedure as described above.
Precautions in the surgical procedures should be maintained
the same as for the intravital protocol.

3. Organ collection: On reaching the end point of the study
animals are perfused transcardially with ice-cold sterile saline
with heparin (1000 U/mL) in order to remove any blood clots
(at least 25 mL; seeNote 18 for perfusion protocol). Perfusion
technique removes the intravascular EB dye, leaving the EB dye
in extravascular space of the brain tissue. Animal is decapitated
following perfusion and the brain is harvested for performing
trichloroacetic acid (TCA) assay. Harvested brains can be used
to extract the dye followed by the assayed immediately
or stored at �80 �C for performing experiments later.
Prior to storing brain tissue, they can be separated into
ipsilateral and contralateral halves, weighed and stored in a
microcentrifuge tube.

Fig. 2 Sham and Evans Blue-injected C57BL/6 male mice are shown here. Animal after anesthesia is shown
on the left (a, b) while Evans Blue-injected animal is shown on the right side (a, b). Animal subjected to sham
surgery and after subjecting to TBI is shown (c)
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4. TCA Assay: Brain hemispheres can be homogenized using a
tissue homogenizer in 50% TCA (w/v). The volume of TCA
chosen can be adjusted based on the weight of the brain
tissue taken. Homogenate thus obtained will be centrifuged
at 6,000 � g for 20 min. Supernatant collected will be diluted
in three parts of ethanol (1:3, 50% TCA:ethanol). Evans Blue
dye can be quantitated either by fluorimetry (620 nm emis-
sion/680 nm excitation) or colorimetry (610 or 620 nm)
techniques. Samples can be evaluated using corresponding
standards ranging from 50 to 1000 ng/mL (see Note 19; see
Fig. 3).

4 Notes

1. Vessel permeability also depends on the age and the weight of
the animals, hence choosing close birth dates and weights is
essential for comparison.

2. Animals can be anesthetized in several ways using a combina-
tion of methods or can be used individually including

Fig. 3 Effect of controlled Cortical Impactor (CCI)-induced traumatic brain injury
(TBI) on Evans Blue (EB) leakage following the breach in the blood–brain barrier.
Animals were subjected to sham injury (only craniotomy; n ¼ 4), mild TBI injury
(1 mm depth with 5 m/s velocity and 300 ms contact time; n¼ 5), and moderate
TBI injury (2 mm depth with 5 m/s velocity and 300 ms contact time; n ¼ 5).
Following sham and TBI procedures brains were harvested and assessed for
Evans Blue leakage into brain tissue. The graph on the right hand corner shows a
standard curve for Evans Blue concentration in TCA–ethanol with OD measured
at 620/680 nm (excitation/emission) with Evans Blue concentrations ranging
from 0 to 5000 ng/mL. Data shown here is represented as Mean � SEM;
P* � 0.05. Statistical analysis was performed using one-way ANOVA followed
by Bonferroni post hoc test
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isoflurane (4% for induction and 1.5–2% for surgery; with 40%
O2 and 60% N2 via a facemask) followed by ketamine
(90–100 mg/kg body weight)/xylazine (5–10 mg/kg dose)
intraperitoneal injection, urethane, pentobarbital sodium
(40–60 mg/kg, ip), 2,2,2-tribromoethanol (150 mg/kg, IP
avertin) per gram of body weight ip (20 μL of 2.5% w/v),
pentobarbital (50 mg/kg, ip), halothane(4% and 1.2% for
maintenance with 30% oxygen and 69% N2O), etc. However,
each anesthesia has its limitations, e.g., ketamine/xylazine
effect wears off after 45 min, while too much inhalation of
isoflurane by users is considered a health hazard, and hence, a
combination of methods is found to be more beneficial for
long-term studies.

3. If a lamp is used to warm the animal, they should be kept at safe
working distance to prevent burn injuries.

4. Animals should never be laid directly over the warm pad; there
should always be gauze or a cloth separation between the
animal and the heating pad. Animals should be continuously
monitored for burns.

5. Environmental conditions like temperature and humidity are
very important in handling the stress on the animal and all
these factors are shown to influence the extent of vascular
permeability.

6. Urethane should be heated gently in 37 �C water bath and also
vortexed to dissolve any crystals formed.

7. Urethane is carcinogenic and terminal anesthesia, hence care
should be taken to use personal protective equipment (PPE) at
all times, and also urethane should only be prepared and
injected to animals only under chemical hood.

8. Precaution is to be taken while using warm water, as using
water at high temperatures can scald the tail tissue leading to
a burn injury. Heat pad used should also be maintained strictly
at 37–38 �C as low temperatures can lead to hypothermia,
while high temperatures lead to loss of thermal regulation
and death. Heat lamp should never be placed too close to the
animal to prevent burn injury or overheating.

9. Analgesics like buprenorphine (0.01 mg/kg) or dexametha-
sone (0.2 mg/kg) and carprofeb (5 mg/kg) can be used to
prevent pain, swelling, and the inflammatory response in brain
prior to or following surgery.

10. FITC-dextran 10 kDa is used in this experiment; however,
dextrans of different molecular weights can be studied.

11. Some studies have also employed 1–1.2% agarose in ACSF in
order to cover the craniotomy site.
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12. Appropriate probe tip among 1, 1.5, 2, and 3 mm is chosen
based on the organ of injury and the size of the animal. Travel
velocity of the impactor can vary from 1.5–6 m/s with a travel
range up to 10.1 mm and dwell time ranging from 0.1 to 9.9 s.

13. Animal’s head should be fixed firmly in the stereotaxic frame
before impact as it can introduce changes in the injury level.
This can be ensured by gently applying pressure on the skull
before the impact.

14. The numbers indicate the depth in millimeters into the intact
dura. Impactor tip should be wiped clean with sterile alcohol
after each impact cleaned/disinfected further with cidex after
surgery.

15. Before placing the animal on the microscope stage, the stage
needs to be warmed to 37–38 �C. The warm pad and the
animal should always be separated by a piece of cloth or
gauze. While performing in vivo imaging care must be taken
for the animals to tolerate surgery to avoid excessive physio-
logical disturbances that can interfere with the results.

16. Although, EBD is not considered toxic, it is considered as a
hazardous irritant and a potential carcinogen; hence it should
be used carefully.

17. Duration of time of EBD in system before the experiment
depends on the result expected and the kind of barrier under
investigation.

18. Perfusion protocol: Place the animal on its back and pin the
limbs. Use forceps to lift the skin and body wall. Make an
incision laterally and then up each side through the rib cage.
Cut through diaphragm and lift the sternum. Pin the loose flap.
Needle containing saline should be inserted into the left ven-
tricle and a small incision is made in the right atrium. Animal is
perfused for 10 min or until all the blood is perfused out from
the right atrium. Decapitate the animal and collect the brain
tissue.

19. As the technique is influenced by several factors, it is most
advisable to repeat the experiment at least three times.

Acknowledgments

The work presented in this chapter was supported by Scott &
White Academic Operations Funds to Dr. Tharakan. The authors
would like to apologize to investigators whose works are not cited
in this methodological report due to space limitations and the
personal perspective with which this chapter has been prepared.

Mouse Controlled Cortical Impact Model of Traumatic Brain Injury 51



References

1. Deaglio S, Robson SC (2011) Ectonucleoti-
dases as regulators of purinergic signaling in
thrombosis, inflammation, and immunity. Adv
Pharmacol 61:301–332

2. Shen Q, MH W, Yuan SY (2009) Endothelial
contractile cytoskeleton and microvascular per-
meability. Cell Health Cytoskelet 1:43–50

3. Kumar P, Shen Q, Pivetti CD, Lee ES, Wu
MH, Yuan SY (2009) Molecular mechanisms
of endothelial hyperpermeability: implications
in inflammation. Expert Rev Mol Med 11:e19

4. Yuan SY (2002) Protein kinase signaling in the
modulation of microvascular permeability. Vasc
Pharmacol 39:213–223

5. Pearson WS, Sugerman DE, McGuire LC,
Coronado VG (2012) Emergency department
visits for traumatic brain injury in older adults
in the United States: 2006-08. West J Emerg
Med 13:289–293

6. Alluri H, Wiggins-Dohlvik K, Davis ML,
Huang JH, Tharakan B (2015) Blood-brain
barrier dysfunction following traumatic brain
injury. Metab Brain Dis 30(5):1093–1104

7. Thurman DJ, Branche CM, Sniezek JE (1998)
The epidemiology of sports-related traumatic
brain injuries in the United States: recent
developments. J Head Trauma Rehabil 3:1–8

8. Scott BN, Roberts DJ, Robertson HL, Kramer
AH, Laupland KB, Ousman SS, Kubes P,
Zygun DA (2013) Incidence, prevalence, and
occurrence rate of infection among adults hos-
pitalized after traumatic brain injury: study
protocol for a systematic review and meta-
analysis. Syst Rev 2:68

9. Maas AIR, Stocchetti N, Bullock R (2008)
Moderate and severe traumatic brain injury in
adults. Lancet Neurol 7:728–741

10. Parikh S, Koch M, Narayan RK (2007) Trau-
matic brain injury. Int Anesthesiol Clin
45:119–135

11. O’Connor WT, Smyth A, Gilchrist MD (2011)
Animal models of traumatic brain injury: a crit-
ical evaluation. Pharmacol Ther 130:106–113

12. Kasper C, Yvette C (2015) Traumatic brain
injury. In: Kasper C, Conley Y (eds) Annual

review of nursing research, vol 33. Springer,
New York

13. Gean AD, Fischbein NJ (2010) Head Trauma.
Neuroimaging Clin N Am 20:527–556

14. Davidoff G, Morris J, Roth E, Bleiberg J
(1985) Closed head injury in spinal cord
injured patients: retrospective study of loss of
consciousness and post-traumatic amnesia.
Arch Phys Med Rehabil 66:41–43

15. Cuccurullo S (2012) Physical medicine and
rehabilitation pocket companion. Am J Phys
Med Rehabil 91(8):727

16. Xiong Y, Mahmood A, Chopp M (2013) Ani-
mal models of traumatic brain injury. Nat Rev
Neurosci 14:128–142

17. Nidavani RB, Mahalakshmi AM, Shalawadi M
(2014) Vascular permeability and Evans blue
dye: a physiological and pharmacological
approach. J Appl Pharm Sci 4:106–113

18. Unterberg AW, Stover J, Kress B, Kiening KL
(2004) Edema and brain trauma. Neuroscience
129:1021–1029

19. Khan M, Im YB, Shunmugavel A, Gilg AG,
Dhindsa RK, Singh AK, Singh IJ (2009)
Administration of S-nitroglutathione after
traumatic brain injury protects the neurovascu-
lar unit and reduces secondary injury in a rat
model of controlled cortical impact. J Neuroin-
flammation 6:32

20. Masedunskas A, Porat-Shliom N, Tora M,
Milberg O, Weigert R (2013) Intravital
microscopy for imaging subcellular structures
in live mice expressing fluorescent proteins. J
Vis Exp (79)

21. Marques PE, Oliveira AG, Amaral SS, Nunes-
Silva A, Almeida AFS (2012) Intravital micros-
copy: taking a close look inside the living
organisms. Afr J Microbiol Res 6:1603–1614

22. Taqueti VR, Jaffer FA (2013) High-resolution
molecular imaging via intravital microscopy:
illuminating vascular biology in vivo. Integr
Biol (Camb) 5:278–290

23. Radu M, Chernoff J (2013) An in vivo assay to
test blood vessel permeability. J Vis Exp (73):
e50062

52 Himakarnika Alluri et al.



Chapter 5

A Rat Model of Hemorrhagic Shock for Studying
Vascular Hyperpermeability

Prince Esiobu and Ed W. Childs

Abstract

Vascular hyperpermeability is one of the known detrimental effects of hemorrhagic shock, which we
continually try to understand, minimize, and reverse. Here, we describe induction of hemorrhagic shock
in a rat and studying of its effects on vascular permeability, using intravital microscopy. In this protocol,
hemorrhagic shock will be induced by withdrawing blood to reduce the mean arterial pressure (MAP) to
40 mmHg for 60 min followed by resuscitation for 60 min. To study the changes in vascular permeability
following hemorrhagic shock, the rats will be given FITC-albumin, a fluorescent tracer, intravenously.
Following this, the FITC-albumin flux across the vessel will be measured in mesenteric postcapillary venules
by determining fluorescent intensity intravascularly and extravascularly under intravital microscopy.

Key words Vascular hyperpermeability, Hemorrhagic shock, Intravital microscopy

1 Introduction

Understanding and being able to effect vascular permeability dur-
ing shock and critical illness would have a tremendous impact in the
medical field. The methods we describe here provide the opportu-
nity to study this phenomenon in a repeatable and efficacious
manner in the laboratory. Using this technique, we can change
variables (such as with medications, hormones, and genetics) and
assess the effects on vascular permeability [1–5].

Hemorrhagic shock (HS) has been implicated in the pathogen-
esis of multiple organ failure and accounts for 30% of deaths asso-
ciated with traumatic injury in patients [6]. Vascular
hyperpermeability, the excessive leakage of fluids and proteins
from the intravascular area to the interstitium, and associated
edema occurs as a major clinical complication in trauma following
hemorrhagic shock.

Hemorrhagic shock has also been shown by several investiga-
tors to induce oxidative stress and reactive oxygen species (ROS)
formation and the activation of apoptotic signaling pathways [6–9].
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During reperfusion, a burst of ROS is formed after oxygen is
reintroduced into the system. It has been shown that ischemia–r-
eperfusion selectively damages endothelial cells and barriers
through a mechanism that involves oxygen-derived free radicals
[9, 10]. Thus, oxidative stress due to ROS formation is a major
trigger for vascular hyperpermeability and is an important area of
research [2]. Furthermore, recent studies have demonstrated that
the activation of the apoptotic signaling is a critical to vascular
hyperpermeability associated with hemorrhagic shock and the inhi-
bition of this pathway provides protection against vascular hyper-
permeability in a rat model of hemorrhagic shock [4].

2 Materials

2.1 Anesthesia 1. 50% urethane solution.

2. 28 Gauge insulin needles.

3. 1 ml syringe.

2.2 Surgery 1. Heated surgical table.

2. Heat lamp.

3. Absorbent underpad.

4. Microdissection curved forceps.

5. Microdissection scissors.

6. 6-0 silk suture.

7. Lab tape.

8. Small hemostat.

9. Normal saline.

10. Heparinized saline.

11. Polyethylene tubing (“PE-50”; 0.58 mm internal diameter).

12. 3-way stop cocks �3.

13. 23 Gauge 1 in. needles.

14. Micro clip (“bulldog clamp”).

15. Large plexiglass plate.

16. Small plexiglass plate.

17. 2 � 2 gauze.

18. Plastic wrap.

19. Rat (Male, 275–325 g).

2.3 Shock 1. Arterial blood pressure monitor.

2. 10 ml syringe �2.

3. Syringe pump.
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2.4 Vascular

Permeability

1. Intravital microscope.

2. Intravital microscope camera.

3. Computer with intravital microscopy software.

4. Fluorescein isothiocyanate conjugate—albumin, bovine.

3 Methods

3.1 Anesthesia 1. Secure awake rat in prone position, using your nondominant
hand. Make sure that the thighs are exposed.

2. Perform intramuscular (IM) injection of 50% urethane
(0.35 ml/100 g of rat weight) into the thigh of a 275–325 g
rat (see Note 1).

3. Place rat back in cage and allow 30 min to 1 h for anesthesia to
take full effect.

3.2 Preparation 1. Clip fur on the neck, abdomen, and inner thighs (see Note 2).

2. Place rate in supine position on heated (43 �C) surgical table
covered with an absorbent underpad.

3. Secure all four limbs using tape.

4. Initially, position the head of the rat toward the operator.

3.3 Jugular Vein 1. Grasp the skin of the right neck just superior to the clavicle and
cut a 1 cm opening, using scissors.

2. Grasp the fascia and dissect through sharply with scissors.

3. Identify the underlying external jugular vein and bluntly clear
surrounding tissue.

4. Pass right angled forceps deep to the jugular vein and isolate it
by passing 6-0 silk suture around it.

5. Tie this first suture at the most cephalad portion of the vein.
Clamp this suture to the animals jaw under slight tension.

6. Pass another 6-0 silk suture around the most caudal portion of
the vein. Make a knot loop but do not tie it down yet.

7. Using the microscissors, make a transverse venotomy on the
anterior side of the vessel.

8. Insert saline flushed cannula (bevel side up), connected to a
three-way stop cock, into the vessel.

9. Open the three-way stop cock and place below the level of the
rat to ensure back flow.

10. Once confirmed, secure the second silk suture over the portion
of the cannula within the vessel.

11. Unclamp the first silk suture from the animals jaw and now tie
it around the cannula, securing it to the vein (see Note 6).
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3.4 Carotid Artery 1. Identify the midline of the neck. On either side, there will be
the sternohyoid muscle. Just lateral, there will be the sternoce-
phalic muscle. Bluntly separate these muscles, exposing the
carotid artery, lateral to the trachea.

2. Hook the carotid artery with right angled forceps and bluntly
dissect the loose surrounding tissue.

3. Pass right angled forceps deep to the vessel and isolate it by
passing 6-0 silk suture around it.

4. Tie this first suture at the most cephalad portion of the artery.
Clamp this suture to the animals jaw under slight tension.

5. Place a bulldog clamp at the inferior portion of the vessel.

6. Pass another 6-0 silk suture around the most caudal portion of
the artery. Make a knot loop but do not tie it down yet.

7. Using scissors, make a transverse arteriotomy on the anterior
portion of the vessel.

8. Insert heparinized saline flushed cannula (bevel side up),
connected to a three-way stop cock, into the vessel.

9. Secure cannula to the chin of the rat, using index finger of
nondominant hand, then remove the bulldog clamp.

10. While still securing cannula, use other hand to quickly open
and close stop cock to ensure bleeding.

11. Flush cannula with heparinized saline.

12. Now tighten inferior knot; release superior knot from clamp on
the chin and tie it around the cannula (see Note 6).

3.5 Femoral Artery 1. Now turn the head of the rat away from the operator.

2. Identify the depression three quarters of the distance from the
pubic tubercle to the inner border of the leg.

3. Grasp the skin with forceps and cut a 1.5 cm circular opening,
using scissors.

4. Sharply cut through fascia using scissors.

5. Identify femoral vessels above the take-off of the epigastric
vessels.

6. Use right angled forceps to hook the artery and pass a 6-0 silk
suture around vessel; Tie this suture as caudally as possible just
above the level of the epigastric vessels (see Note 3).

7. Place a bulldog clamp at the superior portion of the artery.

8. Pass another 6-0 silk suture just below the clamp; make a loop
but do not tighten it.

9. Make a transverse arteriotomy and insert the stretched hepa-
rinized saline flushed cannula.

10. Loosely secure the superior suture.
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11. Remove the clamp and flash the stop cock to ensure back
bleeding, then flush with heparinized saline.

12. Secure the suture (see Note 6).

3.6 Mesentery 1. Identify the midpoint between the xyphoid process and pubic
tubercle; make a midline longitudinal incision extending an
inch in either direction.

2. Incise the fascia sharply at the visible white line in the midline.

3. Untape the limbs at this point and very gently reposition the rat
onto a plexiglass plate on its left side; you can pick the rat up by
its limbs to accomplish this repositioning.

4. Place a smaller plexiglass in front of the abdominal side of the
rat; apply saline to the surface of this glass.

5. Massage the abdominal contents out by placing thumbs on
right lateral abdominal wall and applying pressure on the pos-
terior surface of the spine.

6. Using a cotton-tip applicator, splay out the bowel and its
mesentery on the smaller plexiglass.

7. Identify a capillary of choice within the clear mesentery (see
Note 4).

8. Using the cotton-tip applicator, carefully return all other seg-
ments of bowel into the abdominal cavity.

9. Place multiple normal saline soaked 2 � 2 gauze sponges over
the bowel, while leaving the mesentery and chosen capillary
exposed (see Note 5).

10. Cut an appropriately sized piece of clear plastic wrap and lay it
over the mesentery and small bowel. It should lie in contact
with the mesentery (see Note 6).

3.7 Preshock 1. After a 30 min recovery period, place the rat (still on plexiglass)
on the microscope with the capillary in view through the scope
(Fig. 1).

2. Inject FITC-albumin (50 mg/kg) at this time through the
jugular catheter (see Note 7) (Fig. 1b).

3. Place an anal temperature probe. Temperature should be
between 36 and 38 �C.

4. Connect the femoral artery stop cock to a blood pressure
transducer.

5. Connect a 10 ml syringe (previously flushed with heparinized
saline) to the carotid artery catheter.

6. Connect the jugular catheter to a syringe pump filled with
normal saline. Start infusing at a rate of 3 ml/h.

7. At this point, take and save a preshock microscopy image (see
Note 6) (Fig. 1a, b).
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3.8 Shock 1. Using the empty syringe connected to the carotid catheter,
draw out blood from the rat until the mean arterial pressure
(MAP) is down to 40 mmHg.

2. During the shock period, maintain the MAP around 40 mmHg
(38–42 mmHg) by drawing more blood out or returning
blood as is necessary.

3. Perform this for the desired period of time. We typically shock
the rats for 60 min.

4. After this period, return the shed blood to the rat over a 5 min
period.

5. Now supplement with normal saline as needed to maintain
MAP above 90 mmHg.

6. Take microscopy images at desired intervals. We typically take
images at 10 min intervals post shock (Fig. 2) (see Note 6).

3.9 Intravital

Microscopy

1. Open your images with your intravital microscope software.

2. On the pre shock control (Tc) image, analyze the optical inten-
sity at two locations both inside and outside of the vessel.
Average each and create an out–in ratio.

Fig. 1 The images shown are of mesenteric post capillary venules of sham
control (bright-field and fluorescent), hemorrhagic shock for 1 h MAP 40 mmHg
followed by 10 and 30 min after resuscitation
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3. Repeat this for the rest of your time (Tx) points during the
shock period, using the same locations along the vessel as the
control image.

4. Obtain a ratio (Tx:Tc) for each of your time points.

5. Plot and compare your ratios in desired fashion.

4 Notes

1. For faster anesthetic effect, you can give half of the anesthetic
dose into each thigh.

2. The rats should be fasted for 18 h prior to the procedure.

3. Due to the smaller caliber of the femoral artery, stretch the
PE-50 cannula at the tip, causing it to narrow.

4. The capillaries in the mesentery are almost invisible to the
untrained eye. You will be looking for a very small vessel. The
ideal capillary is 25–30 μm. Look carefully.

5. Keep the mesentery moist at all times with warm normal saline.
The overlying plastic wrap reduces evaporation.

6. The rat should be normothermic (~37 �C). Heat lamps may be
necessary during surgery and during shock.

7. Turn lights off when handling the FITC-albumin.
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Chapter 6

Assessment of Cardiovascular Function and Microvascular
Permeability in a Conscious Rat Model of Alcohol
Intoxication Combined with Hemorrhagic Shock
and Resuscitation

Travis M. Doggett, Jared J. Tur, Natascha G. Alves, Sarah Y. Yuan,
Srinivas M. Tipparaju, and Jerome W. Breslin

Abstract

Hypotension, cardiac depression, and elevated microvascular permeability are known problems that com-
plicate resuscitation of patients following traumatic injury, particularly those who are also intoxicated from
alcohol consumption. A conscious rat model of combined alcohol intoxication and hemorrhagic shock has
been used to study the hemodynamic mechanisms involved. Here, we describe using this model to study
microvascular leakage and cardiac electrical activity.

Key words Hemorrhage, Shock, Alcohol, Microcirculation, Microvascular permeability,
Electrocardiogram

1 Introduction

Acute alcohol intoxication is a significant health problem in the
USA and contributes to an increased risk of traumatic injury,
accounting for the majority of alcohol-related cases in emergency
rooms [1, 2]. Binge drinking is a nationwide trend involving at least
38 million adults in the USA, which by the most recent estimates
produced a $223.5 billion cost burden for the USA [3]. Nearly 40%
of injured patients admitted to the ER have a blood alcohol con-
centration greater than 80 mg/dL [2, 4–6]. Intoxicated patients
present a complex, altered physiologic state associated with
increased injury severity [4, 6–9]. In addition, these patients typi-
cally require a significantly greater frequency of interventions in the
hospital such as endotracheal intubations, placement of intracranial
monitoring devices, and greater use of diagnostic peritoneal lavage
[7]. Compared to their sober counterparts, alcohol-intoxicated
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trauma patients have a twofold increase in infectious complications,
development of pulmonary failure, acute respiratory distress syn-
drome (ARDS) secondary to sepsis, and an overall increase in
ARDS-related mortality [10].

One particularly problematic outcome of acute alcohol intoxi-
cation is aggravated hemodynamic instability following hemor-
rhage [9]. The dramatic loss of circulating fluids elicits a massive
baroreceptor reflex, reducing splanchnic blood flow and causing
ischemic injury that disrupts integrity of the gut wall. This leads to a
systemic inflammatory response, including systemic microvascular
leakage [11–14]. The resulting edema complicates fluid resuscita-
tion and can lead to sepsis, ARDS, and abdominal compartment
syndrome [15].

A conscious rat model of alcohol intoxication and hemorrhagic
shock was developed by Molina and colleagues to test whether an
impairments in the baroreceptor reflex or associated neural, endo-
crine, and metabolic mechanisms that control vascular tone may be
responsible for this increased hypotension [14, 16–18]. Their find-
ings showed that: (1) significantly less blood from alcohol-intoxi-
cated rats is required to produce the same hypotensive pressure
during a fixed-pressure hemorrhage; and (2) alcohol-intoxicated
rats are significantly more hypotensive following equal volumes of
removed blood [14, 18]. In this same model, alcohol-intoxicated
rats had depressed blood bicarbonate levels, lower PO2, elevated
PCO2, and lower plasma glucose and lactate compared to control
rats [18]. Alcohol intoxication also causes altered tissue and plasma
cytokine responses during hemorrhagic shock [18]. The elevations
in plasma levels of epinephrine, norepinephrine, and arginine vaso-
pressin in response to fixed-pressure hemorrhage were all signifi-
cantly blunted in alcohol intoxicated rats compared to control rats
[17]. However, their findings also showed that sympathetic control
of blood pressure and acetylcholine-induced vasodilation were not
impaired by alcohol intoxication [19, 20]. Intracerebroventricular
administration of choline, a precursor of the preganglionic neuro-
transmitter acetylcholine, did not improve hemodynamic and neu-
roendocrine counter-responses to hemorrhagic shock in alcohol-
intoxicated rats [19]. Furthermore, studies using isolated aorta and
mesenteric arteries of intoxicated and control rats that underwent
experimental hemorrhage showed that the alcohol-induced
impairment of hemodynamic regulation is not due to a decrease
in responsiveness of blood vessels to vasoconstrictors like phenyl-
ephrine, or vasodilators like acetylcholine [20].

Such findings have led us to investigate alternative mechanisms.
One such potential mechanism is a reduction in central fluid vol-
ume due to elevated microvascular permeability. To approach this,
we have combined the aforementioned rat alcohol intoxication
model with intravital microscopy. Our results showed that alcohol
intoxication increases microvascular leakage in the mesentery,
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which could potentially contribute to alcohol-induced hypotension
[21]. In the current paper, details of the combination of these
intravital microscopy methods with acute alcohol-intoxication
(AAI) and hemorrhagic shock and resuscitation (HSR) in rats are
described. A second potential mechanism is direct action on the
electrical activity of the heart [22–24]. ECG is a minimally invasive
procedure that allows recording of cardiac electrical function. Lead
II format specifically identifies left ventricular function with higher
specificity. The use of lead II ECG recording following combined
AAI and HSR in the rat is also described in this protocol.

2 Materials

Catalog numbers are for reference to instruments in the authors’
laboratories. Similar instruments based on cost and preference can
be substituted.

2.1 Catheter

Preparation

1. Polyethylene 50 tubing (Becton Dickinson).

2. Silastic I.D. 0.51 mm � O.D. 0.94 mm (Dow Corning).

3. Bunsen burner.

4. Scissors.

5. Paperclip loop.

6. Ring stand and clamp.

2.2 Catheter

Implantation Surgery

1. Fine scissors (Fine Science Tools (FST) 14958-11).

2. Tissue forceps (FST 11021-14).

3. Halsey needle holders (FST 12501-13).

4. Extrafine forceps (FST 11152-10).

5. Vannas scissors (FST 15000-00).

6. Bulldog clamp (FST 18054-28).

7. Micro dissecting forceps (Roboz RS-5069).

8. Ultrafine hemostats (FST 13021-12).

9. Bead sterilizer (FST 18000-50).

10. Beveled trocar I.D. 3 mm � O.D. 4 mm.

11. Hemostats wrapped with Tygon tubing.

12. Betadine scrub (Purdue Products).

13. Chlorhexidine gluconate scrub (Baxter).

14. Alcohol.

15. 0.9% sodium chloride USP (Hospira).

16. 10 cc syringes (Becton Dickinson).

17. 23 gauge needles (Becton Dickinson).
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18. Gauze sponges (Fisher).

19. Ethicon FS-2 suture and needle (Johnson & Johnson).

20. Ethicon 4-0 silk, black, braided suture without needle (John-
son & Johnson).

21. Perry style 42 gloves (Ansell).

22. Lighter.

23. Masking tape

24. Silastic-tipped vascular catheters.

25. Gastric catheters.

26. Isoflurane USP and vaporizer (Henry Schein and Harvard
apparatus).

27. Cotton-tipped applicators.

28. Akwa tears ophthalmic ointment (Akorn).

29. Fur trimmers (Oster).

2.3 Initial

Preparation

Procedures

1. Mouse-sized cage.

2. Digital scale (Mettler Toledo).

3. 1 cc syringe with plunger removed and luer tip cut off (Becton
Dickinson).

4. 3 cc syringe (Becton Dickinson).

5. 23 gauge needles (Becton Dickinson).

6. 0.9% sodium chloride USP (Hospira).

7. Fine scissors (Fine Science Tools (FST) 14958-11).

8. Hemostats wrapped with Tygon tubing.

9. Masking tape.

10. Lighter.

11. Heated water bath (Fisher).

12. Lactated Ringers USP (Hospira).

2.4 Fixed-Pressure

Hemorrhage

1. Heated water-pad and circulating heated water pump
(Gaymar).

2. Software and hardware for measuring MAP: LabChart Pro v7,
PowerLab 4/35, Quad Bridge Amp (ADInstruments).

3. Pressure transducer (ADInstruments).

4. 3 cc syringes (Becton Dickinson).

5. Heparin-coated 3 cc syringes.

6. 23 gauge needles (Becton Dickinson).

7. 3-way stopcocks (Braun).

8. 1.5 mL centrifuge tubes (Eppendorf).
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9. Refrigerated centrifuge (Eppendorf).

10. Cryo-vials (Corning).

11. 0.9% sodium chloride USP.

12. Water-filled beaker.

2.5 Resuscitation 1. Software and hardware for measuring MAP: LabChart Pro v7,
PowerLab 4/35, Quad Bridge Amp (ADInstruments).

2. Pressure transducers (ADInstruments).

3. Warm Lactated Ringers USP (Hospira).

4. 10 cc syringes (Becton Dickinson).

5. 30 cc syringes (Becton Dickinson).

6. 20 gauge needles (Becton Dickinson).

7. Polyethylene 90 tubing (Becton Dickinson).

8. Hemostats wrapped with Tygon tubing.

9. Fine scissors (Fine Science Tools (FST) 14958-11).

10. Syringe pump (KD Scientific).

11. Lighter.

2.6 Intravital

Microcopy

1. 2 � 2 Gauze sponges (Fisher).

2. 3 � 3 Gauze sponges (Fisher).

3. Betadine scrub (Purdue Products).

4. Chlorhexidine gluconate scrub (Baxter).

5. Alcohol.

6. Fine scissors (Fine Science Tools (FST) 14958-11).

7. Tissue forceps (FST 11021-14).

8. Hemostats wrapped with Tygon tubing.

9. Bead sterilizer (FST 18000-50).

10. Lactated Ringers USP (Hospira).

11. Heating plate and temperature controller (World Precision
Instruments).

12. Isoflurane USP and vaporizer (Henry Schein and Harvard
apparatus).

13. FITC-albumin (Sigma-Aldrich).

14. Syringe pump (Fisher).

15. Peristaltic pump (Cole-Palmer).

16. Water-bathed heating coil (Radnoti).

17. Circulating water bath and pump (Thermo).

18. Software and hardware for measuring MAP: Lab Chart Pro v7,
Power Lab 4/35, Quad Bridge Amp (AD Instruments).
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19. Pressure transducer (AD Instruments).

20. Upright fluorescent microscope (Nikon E600).

21. Mercury lamp and power source (Nikon).

22. Fur trimmers (Oster).

23. Cotton-tipped applicators.

24. Euthasol—pentobarbital sodium and phenytoin sodium
(Virbac).

2.7 Surface Lead

Electrocardiogram

(ECG) Recording

1. Isoflurane USP and vaporizer (Henry Schein and Harvard
apparatus).

2. Three lead monopolar needle electrodes (29 gauge).

3. Software and hardware for measure ECG: Lab Chart Pro v7,
Power Lab 8/35, Animal Bio Amp (ADInstruments).

4. Heating plate and temperature controller along with rectal
probe (World Precision Instruments).

3 Methods

The fixed-pressure hemorrhage/resuscitation (HSR) protocol
requires implantation of polyethylene catheters into the carotid
artery, jugular vein, and an indwelling gastric catheter. The carotid
catheter is used for withdrawing blood during the HSR phase of the
protocol as well as monitoring, in real-time, mean arterial pressure
(MAP) during HSR and intravital microscopy. The jugular catheter
allows for the infusion of resuscitative fluids during the HSR and
FITC-conjugated albumin tracer during intravital microscopy. The
indwelling gastric catheter allows for administration of alcohol or
water prior to experimentation. This method was chosen over oral
gavage to minimize stress on the rats, which can occur with
handling. Isovolumic water serves as a control for distension of the
stomach. This was chosen over isovolumic, isocaloric dextrose solu-
tion, which we observed causes changes in lymphatic pumping [25].

A fixed-pressure HSR protocol was chosen to ensure the rats
received the same degree of injury severity. Studies have shown rats
that with fixed-volume hemorrhage, the alcohol-intoxicated rats
are significantly more hypotensive [14, 18]. In addition, this pro-
tocol is performed in conscious, unrestrained rats, preventing any
compounding effects on hemodynamics caused by anesthetics, and
stress-induced increases in sympathetic output caused by restraints.
This method also better simulates alcohol intoxication and trau-
matic injury in the human population.

Intravital microscopy is a powerful tool for determining
microvascular permeability in vivo [26–28]. For this model, the
mesenteric microcirculation is a key site of interest due to the
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ischemia-reperfusion injury on the gut caused by HSR. FITC-
albumin is typically used as a tracer for extravasation of plasma
macromolecules. Elevated fluorescence in the extravascular spaces
over time indicates increased microvascular leakage. To determine
that increases in leakage are due to changes in diffusive permeabil-
ity, diameters of the arterioles feeding the local microvascular bed
are also monitored. If these diameters increase, the leakage is likely
due to increased filtration, while if these diameters do not change,
or even decrease, there is likely an increase in permeability of
microvascular endothelium. In addition, rapid acquisition of
brightfield images in sequence can be obtained for measurement
of red blood cell velocity as well as leukocyte rolling and adhesion in
postcapillary venules.

Surface lead ECG recordings are a minimally invasive proce-
dure that demonstrates the electrical activity of the heart. In 2005
the FDA issued that well-controlled electrocardiograms (ECG)
trials are required to define cardiac risk of new therapies
[29]. Indeed ECGs have been a powerful tool for cardiovascular
health and its ability to acutely sense toxic effects of chemicals and
or drugs [30]. The QT and QTc duration correspond to the
repolarization phase of the cardiac action potential [31, 32]. The
QRS complex and the P wave are also studied utilizing the bipolar
limb leads in lead I, II, and III positioning. Lead II positioning
provides a clear image of the QRS complex and ST segment the
ECG analysis. The ECG protocol is performed while the rats are
anesthetized with 2% Isoflurane inhalation. Heart rate is allowed to
stabilize (5 min) followed by lead II ECG signal acquisition.

All animal protocols should be performed in strict accordance
government regulations. In this USA this includes the US Animal
Welfare Act, US Public Health Service Policy on the Humane Care
and Use of Laboratory Animals, and the Guide for the Care and
Use of Laboratory Animals. All animal experiments must be per-
formed with the approval of the Institutional Animal Care and Use
Committee in the USA or equivalent regulatory committee in
other countries. Aseptic technique is required for all surgical pro-
cedures including catheter implantation and the laparotomy for
intravital microscopy. All surgical instruments to be used must be
sterilized prior to surgical procedures by autoclave and again just
before use with a bead-sterilizer. Areas of skin where incisions will
be made for surgery must be properly cleaned with antiseptic
cleansers. All fluids and drugs used should be US Pharmacopeia
(USP)-grade. All efforts should be made to minimize pain, includ-
ing providing analgesics after surgery.

3.1 Catheter

Preparation

1. Catheters used for this protocol are hand-made from commer-
cially available Intramedic polyethylene 50 (PE50) tubing from
Becton Dickinson.
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2. Using a thick metal paper clip, create a circular loop and mount
it to a ring stand. Heat the loop with a Bunsen burner until it
glows red then remove the flame (see Note 1).

3. Allow a few seconds for the loop to stop glowing then feed
about 1 in. of PE50 through the loop.
The tubing will begin to melt and contract on itself to create a
bubbled section of tubing.
This bubble will serve as an anchor point for sutures to prevent
the catheters from pulling out (see Note 2).
This step is applies to both vascular and gastric catheters.

4. Measure off about 40 cm from the bubbled end and cut to
produce one vascular catheter. For gastric catheters, measure
46 cm from the bubbled end and cut.

5. Cut off excess PE50 tubing from the bubble-side of the catheter
leaving about 0.5 cm from the end to the bubble (see Note 3).

6. Catheters implanted into the blood vessels have an additional
strip of silastic tubing attached to the catheter.
Precut 5 cm long strips of silastic and slide onto the bubble-end
of the catheter. Continue sliding the silastic onto the catheter
until it covers the bubble (see Notes 4 and 5).

7. Trim the silastic down by cutting the end to 3 cm in length
from the end of the bubble (see Note 6).

8. Each rat will receive two vascular catheters (one for the carotid
artery and one for the jugular vein) and one gastric catheter (see
Note 7).

3.2 Catheter

Implantation Surgery

1. In order to perform the fixed-pressure HSR protocol, catheters
are implanted into the left common carotid artery and right
jugular vein 4–5 days prior to the experiment. An indwelling
gastric catheter is also implanted for administration of alcohol
or water to the stomach.

2. For anesthesia, isoflurane is a good choice; however, other
anesthetics such as ketamine/xylazine will also work. To anes-
thetize with isoflurane, place the rat into the induction cham-
ber. Set the vaporizer to 4%, open the USP-grade oxygen gas
cylinder, and set the flow rate to 1 liter (L) per minute (min).

3. Once the rat is sufficiently anesthetized, remove from the
induction chamber and place with the dorsal side and insert
the nose into the nosepiece that will deliver additional isoflur-
ane. Reduce the isoflurane to about 2.5% (see Note 8).

4. To prevent the rat’s eyes from drying out, apply Akwa tears
ophthalmic ointment using cotton-tipped applicators.

5. Using commercially available hair trimmers, shave about a
2 � 2 cm area of fur from the dorsal nape of the neck starting
about 5 mm inferior form the ears. This is the location for the
incision through which the catheters will be routed out.
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6. Place the rat ventral side up and shave the fur from the ventral
neck area. Again, about a 2 � 2 cm area depending on the size
of the rat should be shaved of fur.

7. Clean the shaved areas three times: once with Chlorhexidine
gluconate surgical scrub, once with alcohol, and once with
Betadine scrub.

8. Before starting the surgery, the catheters to be used should be
flushed and filled with saline using a 10 cc syringe. Ensure there
is no air bubbles within the catheters.

9. With the rat in a dorsally recumbent position, make a 1 cm
incision in the ventral neck along the medial long axis.

10. Carefully isolate the left common carotid artery. Ultrafine
hemostats are good for separating tissue and isolating the
vessel.

Consultation of a resource such asAnatomy&Dissection of
the Rat 3RD ed. by Walker and Homberger for the location of
the carotid is recommended.

11. Once the carotid is isolated, suture the brain side of the vessel
closed with an 8 cm long strip of 4-0 suture. Tie off with two
simple suture knots.

12. Place another 8 cm long strip of 4-0 suture under the isolated
carotid artery on the heart side.

Do not tie off this suture yet.

13. To facilitate insertion of the catheter into the artery, a small
drop of lidocaine can be administered to the isolated vessel.

14. Place a small bulldog clamp on the heart side of the vessel (see
Note 9).

15. Using Vannas scissors, create a small incision in the carotid
artery (see Note 10).

16. Using micro dissecting forceps to hold open the incision, feed
one of the silastic-tipped catheters into the vessel with extrafine
forceps.

17. Remove the bulldog as the catheter is inserted into the vessel
taking care to keep a firm hold on the catheter (see Note 11).

Continue to feed the catheter into the vessel to the bubble
(see Notes 12 and 13).

18. Replace the bulldog clamp to hold the catheter in place. Secure
the catheter inside the vessel with 4-0 suture placed earlier on
both sides of the bubble (see Note 14).

Two simple suture knots are sufficient on to anchor the
catheter.

19. Remove the bulldog clamp and check for adequate blood flow.
Flush a small amount of saline to clear any blood from the
catheter and thermally seal the end with a lighter (seeNote 15).
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20. Repeat steps 8–13 for the right jugular vein (see Notes 16
and 17).

21. Turn the rat over onto its ventral side. Create a small 0.5 cm
incision on the midline of the dorsal nape of the neck about
1 cm inferior from the ears.

22. Using a trocar, route the catheters subcutaneously to and out
the incision of the dorsal nape of the neck.

23. Using Ethicon FS-2 suture and needle or similar, close the
ventral neck incision with a continuous, locking suture or
individual simple suture knots.

24. Lay the rat onto its right side. Using your index finger, feel for
the bottom of the rib cage. Make a 2 cm long incision perpen-
dicular to the long axis of the rat (dorsal to ventral) into the
skin.

The incision should be about 3.5 cm away from the bottom
of the ribcage (about the width of the index andmiddle finger).

25. Separate the skin, in the immediate area of the incision, from
the muscle layer using extrafine hemostats.

26. Make a second incision slightly smaller in length into the
muscular layer and open the peritoneal cavity.

27. Locate and externalize the stomach through the incision. The
stomach should be just under the liver.

Be sure to only grab the stomach by the muscular layer. Do
not grab by the transparent tissue.

28. Using Ethicon FS-2 suture and needle begin a purse-string
knot within the muscular layer of the stomach. Do not tighten
the suture.

29. Perforate the stomach with small diameter scissors such as
Vannas scissors and insert a non-silastic tipped catheter
bubble-end first into the perforation. Finish tightening and
secure the purse-string knot.

30. Secure the gastric catheter in place through the top of the
muscular layer incision with a single simple suture then finish
closing the incision with a continuous locking suture.

31. Using a trocar, route the gastric catheter subcutaneously to and
out the incision of the dorsal nape of the neck. The catheters
should be marked with sharpie or marker in unique ways to
identify the catheters.

32. Close the incision in the skin with a continuous locking suture
with Ethicon FS-2 suture and needle (see Note 18).

33. Place the rat back on its ventral side. Pull the catheters taut and
secure them to the incision on the dorsal nape of the neck with
simple sutures using Ethicon FS-2 suture and needle.
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(a) It helps to secure the carotid catheter to the left side of the
incision and the jugular to the right side of the incision
and the gastric catheter in between (see Note 19).

34. Once the catheters are secure with suture, close the remaining
open incision with simple suture knots.

35. To prevent the rat from gnawing on the exposed catheters, coil
them around your index finger and wrap with masking tape. If
secured properly, the taped catheters will stand up perpendicu-
lar from the body out of the rat’s reach.

36. Allow the rat 4–5 days to recover before experimentation.

3.3 Initial

Preparation

Procedures

1. There are several companies that provide software and hard-
ware capable of measuring mean arterial blood pressure (MAP)
in real time. Our lab has used Lab Chart Pro v7 software and
with the Power Lab 4/35 and Quad Bridge Amp provided by
AD Instruments.

2. On the day of the experiment, rats to be used should be
weighed and placed into mouse sized-cages. Weighing the rat
is important, as this will be used to estimate the total blood
volume (TBV) of the rat, calculated as the volume equivalent to
7% of body weight (BW).

3. Unwrap catheters and feed them through a 1 cc syringe with
the plunger removed and luer end cut off. This is to prevent the
rat from manipulating the catheters and chewing on them.

4. Locate the carotid artery line. Cut off the end to ensure flow of
arterial blood. If no blood flows from the line, flush with saline
using a 3 cc syringe and check again. Remove the syringe and
check for blood flow from the line. Once blood is able to flow
through the catheter, flush with saline to prevent clotting and
thermally seal with a lighter.

5. Locate the jugular line and clamp it with the hemostat. It is
important to clamp the line first with the jugular because once
the line is opened it will pull air in. Too much air will cause an
air embolism and can cause death. Cut the end of the line and
flush it with saline from the 3 cc syringe to ensure fluids can be
infused. Thermally seal the catheter with a lighter.

6. Feed the catheters through a hole made in the top of the mouse
cage and secure with tape. Ensure to leave enough slack in the
catheters between the rat and the top of the cage to allow for
unrestricted movement.

7. Bring the cage(s) to the HSR equipment. Cages may be placed
onto a heated water-pad to help keep the rats warm during the
HSR protocol if desired.

8. The pressure transducers for the Power Lab 4/35 are
connected to the carotid catheter via a 23 G needle. Connect
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the carotid catheter to the pressure transducer and flush the
line slightly with saline provided by a 10 cc syringe reservoir
atop the transducer rig (see Note 20).

9. Open Lab Chart Pro v7 on the computer. Press the “start”
button in the software to begin pressure recordings. If the
pulse pressure (PP) is narrow check for kinks created in the
catheters and flush the line. This should correct and restore
PP. Perform this as needed through the entire HSR protocol.

10. Because the rats are unrestrained and the catheters are secured
to the top of the cage, constant observation of the state of the
catheters must be maintained. The rat moving around leads to
twists, coils, and even kinks that are further compounded by
the fact there are three catheters.

3.4 Alcohol

Administration

and Fixed-Pressure

Hemorrhage

1. Record 60 min of baseline MAP. This will allow the rat time to
relax. This permits any sympathetic discharge due to handling,
weighing, and transfer from the vivarium to dissipate.

2. Following baseline MAP readings, 2.5-g/kg dose of alcohol or
isovolumic water is administered to the rat via the gastric
catheter.

(a) MAP readings are recorded for an additional 30 min for
sufficient absorption of alcohol.

3. During the hemorrhage phase, warm a 500 mL bag of
USP-grade lactated Ringer’s (LR) in a water bath set to 37 �C.

This will be used for the resuscitation phase of the protocol.

4. The hemorrhage phase of the protocol is initiated 30 min after
administration of alcohol or water (see Note 21). Blood is
withdrawn to achieve a fixed-pressure hemorrhage between
40–60 mm Hg for 60 min.

Blood withdrawal is achieved using a 3 cc syringe and con-
necting it to a 3-way stopcock attached to the transducer rig.

5. A large bolus of blood is removed within the first minute,
typically between 4.5 and 6.0 cc of blood depending on the
BW of the rat (330–365 g range). Remove more if needed to
achieve 40–60 mm Hg in this initial phase of the hemorrhage
(see Note 22).

6. Once the desired map is achieved, flush the catheter slightly
with saline to prevent blood clotting in the line. Do not flush
too much saline back during the hemorrhage phase. Just
enough to clear most of the blood from the catheter (see
Note 23).

The catheter must be flushed with saline with each
subsequent blood withdrawal.
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7. Log the volume of blood withdrawn. We estimate TBV from
the rat’s BW (7% of BW). We set 50% of TBV as the upper limit
of the volume of blood that can be safely removed.

Generally, 44 � 2% of TBV from water-treated and
36 � 1% of TBV for alcohol-treated rats is removed.

8. Once 40–60 mm Hg MAP is achieved, maintain this range by
withdrawing blood as necessary for the remaining 60 min.

Usually withdrawing 0.5 cc at a time is sufficient to main-
tain the hemorrhage MAP.

9. Blood samples may be kept from various time points during the
protocol. A fresh heparinized 3 cc syringe should be used to
withdraw the blood for these samples.

The samples should be spun in a refrigerated centrifuge at
2000 rpm (425 � g) and 4 �C to obtain plasma.

Snap freeze the plasma in liquid nitrogen and store at
�20 �C.

10. Following 1 h of hemorrhage the resuscitation phase of the
HSR protocol begins.

3.5 Resuscitation 1. Resuscitation consists of a 40% total blood volume removed
(TBR) bolus and a 2� TBR infusion for 1 h of warm (37 �C)
LR administered via the jugular catheter. Remember to clamp
the jugular prior to cutting off the thermally sealed end of the
catheter to prevent air from being pulled in.

2. Following completion of the hemorrhage, determine the final
TBR for each rat and withdraw the appropriate volume of LR
prewarmed to 37 �C into a 10 cc syringe (for the 40% TBR
bolus) and a 30 cc syringe (for the 2� TBR infusion).

3. Using a 20-gauge needle and PE90 tubing, connect to the
jugular catheter and administer the 40% TBR bolus of warm
LR over 1 min.

4. Clamp the jugular line following administration of the bolus
and remove the 20 gauge needle from the 10 cc syringe and
place it onto the 30 cc syringe containing the infusion fluids (see
Note 24).

5. Place the syringe into a syringe pump. Set the appropriate
syringe settings based on the brand used, the total volume to
be infused, and the rate to infuse that volume over 60 min (see
Note 25). Start the syringe pump.

6. Continue to record MAP using Lab Chart and Power Lab
during the resuscitation phase of the protocol.

7. Once the 2� TBR infusion concludes the HSR protocol is
complete. Thermally seal catheters and proceed to either the
intravital microscopy (Subheading 3.6) or the ECG (Subhead-
ing 3.7) phase of the protocol.

Assessment of Cardiovascular Function and Microvascular Permeability. . . 73



3.6 Intravital

Microscopy

1. Immediately following completion of resuscitation, transfer the
rat to the surgery station for intravital microscopy preparation.

2. Anesthetize the rat with isoflurane (other methods for anesthe-
sia may be used if desired) (4% induction and 2.5–1.5%
maintenance).

3. Once sufficiently anesthetized place the rat in a dorsally recum-
bent position onto a heating pad set to 37 �C connected to an
adaptive temperature controller. Shave away the fur from the
ventral abdominal region using rodent hair clippers.

4. Clean the shaved area three times with 3 � 3 gauze sponge:
once with Chlorhexidine gluconate surgical scrub, once with
alcohol, and once with Betadine scrub.

5. Perform a midline laparotomy in the ventral abdominal skin.
The incision length should be only between 2.5 and 3.0 cm
long (see Note 26).

6. Using single 2 � 2 gauze sponges, insert one into the left side
of the incision and one into the right side. This helps to hold in
the abdominal contents and prevent additional intestine from
spilling out onto the stage.

7. Using cotton-tipped applicators carefully begin to remove the
mesentery from the abdominal cavity (see Notes 27 and 28).

8. Turn the rat onto its side and move the heating pad and rat to
the intravital microscopy stage (see Note 29).

9. Apply some warm LR to the stage.

10. Carefully splay the mesentery flat over the stage using cotton-
tipped applicators and only handling by the small intestinal
walls. Apply some warm LR to the mesentery to prevent drying
out (see Note 30).

11. Once the mesentery is splayed out onto the stage, transfer the
entire setup (rat, stage, and heating pad) to the microscope.

12. Begin a superfusion drip of LR using a peristaltic pump to
about 10–12 drips per minute. LR should be pumped through
a water-bathed heating coil heated to 37 �C by a circulating
water bath/pump. Remove excess LR from the stage reservoir
by a vacuum line.

13. Begin administration of FITC-albumin to the jugular catheter.
FITC-albumin administration consists of a bolus of 1 mg/
10 kg in 1 mL LR over 1–2 min followed by continuous
infusion of 0.15 mg/kg/min. The vehicle for FITC-albumin
is warm LR.

14. For the continuous infusion, set the syringe pump to one half
the rate used during resuscitation. Wait 10–15 min before
imaging to allow for uniform distribution of FITC-albumin
throughout the circulation.
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15. During the 10–15 min incubation period, connect the carotid
catheter to a pressure transducer to monitor MAP during. The
same equipment used during HSR can be used.

16. Begin imaging of the mesenteric microcirculation using an
upright fluorescent microscope. Our lab captures images for
30 min at intervals of 0 (baseline), 10, 20, and 30 min.

17. Fluorescent stills are captured with a 4� objective followed by a
30 s of brightfield images (time-lapse movie) with a 10�
objective. Two separate areas of microcirculation are imaged
with at least one containing a lymphatic vessel.

18. Images are analyzed using ImageJ open-source software. Fluo-
rescent images are used for quantifying extravasation of FITC-
albumin by measuring the integrated optical intensity (IOI) of
the extravascular regions of the postcapillary venules. The
mean 30-min IOI is calculated and plotted and statistics per-
formed. All data is normalized to the 0 min baseline.

19. Brightfield movies are for assessing leukocyte rolling and adhe-
sion, lymphatic pumping, and arteriolar diametermeasurements.

3.7 Surface Lead

Electrocardiogram

(ECG) Recording

1. Transfer the rat to the ECG station for ECG preparation.

2. Anesthetize the rat with isoflurane (other methods may be used
if desired) (4% induction and 2.5–1.5% maintenance), or keep
the rat anesthetized if ECG is recorded after intravital
microscopy.

3. Once sufficiently anesthetized, place the rat in a dorsally recum-
bent position onto a heating pad set to 37 �C connected to an
adaptive temperature controller. Insert the rectal probe to
establish rat temperature and record.

4. Remove the hair just below the paws of the rat by shaving and if
possible hair removal cream. Clean the limbs three times with
3 � 3 gauze sponge with alcohol.

5. For lead II configuration place the positive lead (red wire) into
the left hind paw, the negative lead (black wire) into the right
front paw, and finally the reference lead (green wire) into the
right hind paw. Alternatively if available bio potential “snap on”
leads can be used in place of needle leads.

6. The Animal Bio Amp for the Power Lab (4/35 or 8/35)
should be connected to the ECG needle leads.

7. Open Lab Chart Pro on the computer. Press the “start” button
in the software to begin ECG recordings. If the ECG trace is
noisy check the placement of the leads, pause the software and
readjust the leads if necessary. Care should be taken to place the
leads just under the skin but not deep into the skeletal muscle,
which can confound some of the electrical signaling. Perform
this as needed through the entire ECG protocol.
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8. Record 5 min of baseline ECG to ensure a stable heart rate.
This will allow the heart rate to become stable while under
anesthesia. Begin acquiring ECG signals in lead II position,
pause the software and reposition the leads to I and then III.
Lead I position is moving the positive lead (red wire) to the
right front paw; and lead III is moving the positive lead (red
wire) to the right hind paw and moving the reference lead
(green wire) to the left hind paw.

4 Notes

1. The metal loop and ring stand. This loop is simply made by
taking a paper clip and straightening out one end and forming a
loop on the other. The looped end is heated with a bunsen
burner. One end of the PE50 tubing is fed through and the
heat from the loop melts the tubing to form a bubble(see
Fig. 1).

2. PE50 tubing with a bubble formed at one end at one end after
holding it within a metal loop heated by a Bunsen burner. The
bubble serves as an anchor point for securing the catheter
inside of the vessel or stomach. This method is used when
making both vascular and gastric catheters (see Fig. 2).

3. Trimmed bubble-end of the catheter. Once the bubble is
formed, the end of the catheter should be trimmed to about
0.5 cm from the end of the bubble. Both vessel and gastric
catheters undergo this step. Gastric catheters are complete and
ready for use after completion of this step (see Fig. 3).

4. To facilitate sliding silastic tubing over the bubble of the cath-
eter, the silastic strips should be soaked in chloroform for
10 min.

This helps make the silastic more compliant and easier to
get over the bubble of the catheter.

Perform in a well-ventilated room or under a fume hood.

Fig. 1 Metal loop and ring stand assembly for catheter preparation
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5. Vascular catheters are the same as gastric catheters with the
addition of a strip of silastic tubing on the bubble-end. Silastic
is less rigid and more compliant than polyethylene. It facilitates
ease of cannulation of the vessel and protects against vessel
damage that otherwise may be caused by the rigid polyethylene
tubing. The vascular catheter with silastic tubing attached is
shown (see Fig. 4).

6. After the silastic tubing is placed on the vascular catheter, the
silastic is trimmed to about 3 cm from the end of the bubble.
This is the average length from where the incision is made in
the carotid artery that provides the best signal when recording
MAP. The end of the silastic should be trimmed with a slight
bevel to facilitate insertion of the catheter into the vessel.

Fig. 3 PE50 tubing catheter with bubble after trimming

Fig. 4 Vascular catheter with silastic tubing attached

Fig. 2 PE50 tubing with a bubble formed at one end at one end after holding it
within a metal loop heated by a Bunsen burner
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7. Each rat will receive two vascular catheters (one in the carotid
artery and one in the jugular vein) and one gastric catheter. The
vascular and gastric catheters are initially made the same way as
described in step 3 of catheter preparation. Vascular catheters
have an additional strip of silastic tubing. The gastric (top) and
vascular (bottom) catheters are shown, demonstrating the dif-
ferences in length of the silastic tubing. Note the slightly
beveled tip in the silastic of the vascular catheter (see Fig. 5).

8. There is no set percentage value for isoflurane during mainte-
nance. Each rat responds differently. Continually monitor the
breathing rate during surgery and adjust the percentage up or
down as needed.

9. Placement of a bulldog clamp is absolutely essential. If no
clamp is placed onto the carotid before an incision is made,
the rat will begin to hemorrhage and the vessel will be quickly
lost under the blood.

10. Take care not to completely cut through the artery. The
remaining blood in the isolated portion of the artery will signal
a successful incision.

11. Blood pressure will push the catheter out if not held firmly
inside the vessel.

12. Blood will begin flowing into the catheter. If not flushed
quickly with saline, the blood will begin to coagulate.

To prevent this the catheter should be clamped with a
Tygon-wrapped hemostat.

13. When clamping catheters, it is important to use Tygon-
wrapped hemostats.

Clamping catheters with hemostats without a rubber
wrapping or coating will crimp the PE50 tubing.

These hemostats can be easily made by sliding a strip of
Tygon tubing onto the ends of a hemostat.

Fig. 5 The gastric (top) and vascular (bottom) catheters are shown,
demonstrating the differences in length of the silastic tubing. Note the slightly
beveled tip in the silastic of the vascular catheter
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14. Using the bulldog to hold the catheter in place while suturing
is recommended. The rat’s blood pressure will push the cathe-
ter out if it is not secured in place by the bulldog clamp.

15. It is extremely important to ensure the carotid catheter is well
sealed.

A small break in the seal will allow enough of a pressure
differential to fill the catheter with blood. By the end of the
recovery period, this blood will be coagulated and the catheter
will be useless.

16. The jugular vein is extremely thin-walled and easy to tear when
isolating with ultrafine hemostats.

17. The jugular catheter will pull in air if not clamped. Ensure it is
clamped before incision to prevent air emboli.

18. When suturing the skin incision, be careful not to pierce the
gastric catheter with the needle.

19. Take care not to pierce the catheters especially the carotid and
jugular with the needle.

20. The pressure transducer rig is comprised of transducer housing
and several components.

One end of the transducer has a 10 cc syringe reservoir
with 0.9% saline USP for flushing blood from the carotid after
each withdrawal.

The other end has a three-way stopcock and 23-gauge
needle for connection to the carotid line.

21. Total baseline MAP readings are 90 min. Sixty minutes are
recorded before and 30 min after alcohol or water is adminis-
tered intragastrically.

22. It is extremely important to get the rats MAP down to
40–60 mm Hg as quickly as possible. Otherwise the rat’s
sympathetic compensatory mechanisms will keep MAP close
to normal until the rat decompensates and death occurs.

23. Blood withdrawal will cause an interruption in the MAP
recording. In addition, flushing the catheter with saline will
introduce artifacts in the recording. We plot our MAP record-
ings using samples or 10 s at intervals every 5 min.

Take precautions not to withdraw blood or flush the line
during these time points or whichever you choose to plot.

24. Clamp the line when changing the bolus syringe for the infu-
sion syringe. This will prevent introduction of air bubbles
inside the jugular line that could cause air emboli.

25. Most commercially available syringe pumps are preprogramed
with the most common brands, composition, and volume
syringes. However, if the syringe is not preprogrammed, it
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will be necessary to know the diameter of the syringe and
program it into the syringe pump manually.

26. Generally, it is helpful to make the incision just off the midline
to the side with which the rat will be laying. This will help the
mesentery lay flat on the stage for microscopy imaging.

27. The microcirculation within the mesentery is delicate. To pre-
vent hemorrhaging of microvessels, the mesentery should only
be handled and manipulated by the intestinal walls of the small
intestines.

28. At this point, when externalizing the mesentery, take time to
untwist it. This will make splaying the mesentery flat, as well as
moving new areas onto and off the stage much easier.

29. There are commercially available intravital microscopy stages or
one can be engineered from materials. Our stage is a simple
design consisting of a Plexiglas base, 3 cm culture dish serving
as stage, and walled-off super fusion fluid reservoir.

30. The warm LR often facilitates intestinal motility, including the
migrating myoelectric complex. These are rhythmic, migrating
muscle contractions along the length of the intestinal wall that
can interfere with microscopy of the mesenteric microcircula-
tion. To control for this, use 2 � 2 gauze sponges soaked with
LR and place them onto the small intestinal wall. This weighs
down the intestine and helps to hold the imaging area in place.
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Chapter 7

Intracerebral Hemorrhage in Mice

Damon Klebe, Loretta Iniaghe, Sherrefa Burchell, Cesar Reis,
Onat Akyol, Jiping Tang, and John H. Zhang

Abstract

Intracerebral hemorrhage is the most devastating stroke subtype with high rates of mortality and morbidity.
Furthermore, no clinically approved treatment exists that effectively increases survival or improves quality of
life for survivors. Effective modeling is necessary to elucidate the pathophysiological mechanisms of
intracerebral hemorrhage and evaluate potential therapeutic approaches. Rodent models are most utilized
because of their cost-effectiveness, and because rodent brain development and structures are well docu-
mented. Herein, we describe two intracerebral hemorrhage mouse models: the autologous blood double-
injection and collagenase infusion models.

Key words Autologous blood, Collagenase, Intracerebral hemorrhage, Stroke, Mouse, Animal model

1 Introduction

Intracerebral hemorrhages constitute 10–15% of stroke subtypes
and have very poor prognoses, since the mortality rate is between
30% and 50%, and at least 75% of survivors are incapable of inde-
pendent living after 1 year [1–3]. Decompressive craniotomy, con-
trolled ventilations for reducing intracranial pressure, and lowering
blood pressure are the only viable emergency interventions
[4]. Intracerebral hemorrhage prevalence increased by 18% over
the last decade, and incidence is expected to continue increasing
due to a large, aging population, who are most vulnerable [2]. Min-
imal advancements have been made for intracerebral hemorrhage
clinical management, and no pharmacotherapy has been clinically
approved that effectively increases survival or improves the quality
of life for survivors [5]. In order to facilitate discovering patho-
physiological mechanisms of intracerebral hemorrhage and help
advance novel therapeutic approaches, an effective animal model
best demonstrating the clinical situation is a necessity.

Intracerebral hemorrhage injury progression commences with
mechanical pressure and shear force applied to brain tissue from the
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hematoma mass effect. Force and pressure imposed onto glia and
neurons result in consequent secretion of excitotoxic neurotrans-
mitters, which lead to cytotoxic edema, apoptosis, and necrosis
[6, 7]. Although bleeding terminates soon after the initial injury,
rebleeding and subsequent hematoma expansion is observed in
approximately 30% of clinical intracerebral hemorrhage cases
[8–10]. Additionally, blood components activate microglia, resi-
dent central nervous system macrophages, and systemic immune
cells infiltrate brain tissue, all of which secrete proinflammatory
cytokines, proteases, and oxidative species that further damage
brain tissue and augment blood–brain barrier disruption [11–13].

Both the autologous blood double-injection and the collage-
nase infusion mouse models mimic specific aspects within intrace-
rebral hemorrhage pathophysiology. Both models also have
inherent strengths and weaknesses that need to be taken into
consideration when designing studies. The autologous blood
double-injection model best mimics the hematoma mass effect,
yet the model does not involve actual rupturing of major blood
vessels. The collagenase infusion model best mimics the bleeding,
rebleeding, and consequent hematoma expansion, yet bleeding is
slow, diffuse, and ruptures only small vessels and capillary beds; a
major vessel is not the main source of the initial bleed. Further-
more, collagenase exacerbates the immune response, making it a
confounding factor when studying inflammation after intracerebral
hemorrhage [14, 15]. Herein, we describe how to perform both
mouse models, which involve stereotaxic guided surgical injections
directly into the brain.

2 Materials

2.1 Surgical

Equipment

1. Stereotactic frame with mouse adaptor (Stoelting, Wood Dale,
IL, USA).

2. Infusion pump (Harvard Apparatus, Holliston, MA, USA).

3. Rodent surgical heating pad.

4. Mouse restraint cones.

5. 1 mL 26 gauge syringes.

6. Size 10 scalpel.

7. 3–1/2 in. iris scissors.

8. 6 in. curved forceps.

9. Cotton tipped applicators.

10. Amicrodrill with 1 mm diameter drill bits (CellPoint Scientific,
Gaithersburg, MD, USA).

11. 10 μL Hamilton syringe for collagenase/250 μL Hamilton
syringe for blood (Hamilton Company, Reno, NV, USA).
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12. 26 gauge needle.

13. Nonheparinized capillary tubes for blood collection.

14. Timer.

15. Bone wax.

16. 6 in. clamp hemostat.

17. 6 in. straight forceps.

18. 3-0 silk sutures.

19. Induction chamber and recovery chamber.

20. Heating blanket.

2.2 Reagents 1. Ketamine–Xylazine anesthesia cocktail (see Note 1).

2. Atropine (see Note 2).

3. 70% isopropyl alcohol.

4. Betadine.

5. Ophthalmic lubricant.

6. Type VII-S Collagenase (see Note 3).

7. Buprenorphine (see Note 4).

8. Saline.

3 Methods

3.1 Preinjection

Surgical Procedures

1. Wear appropriate personal protective equipment (gloves,
masks, head cover) when handling animals at all times. Mice
typically used are 8 weeks old, male, CD1 mice, weighing
approximately 30–35 g.

2. Weigh the mouse then calculate the amount of Ketamine–X-
ylazine cocktail (1.5 mL/kg), Atropine (0.5 mL/kg), and
saline (10 mL/kg) needed. Fill 1 mL 26 gauge syringes with
the calculated volumes needed, one syringe for each solution
injected.

3. Place the mouse in the cone restraint and position the animal
supine using the nondominant hand with the posterior end
slightly elevated. Inject anesthesia by inserting the syringe into
the lower abdominal quadrant at a 30� angle to the skin. Always
aspirate first to ensure the needle has not penetrated into any
viscera. If blood, urine, or gastrointestinal contents fill into the
tip of the syringe, then the solution is contaminated and the
needle must be removed and discarded. The procedure must be
performed again with a new syringe and solution. Inject the
anesthesia cocktail, keep the needle in place for 3 s, then
remove and inspect the injection site to make sure that all the
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solution was injected properly. Repeat the same procedure for
Atropine (see Fig. 1).

4. Place the mouse in an induction cage, which should be pro-
tected from light and noise to avoid stimulating the animal
while the anesthesia takes effect. Test toe-pinch response to
ensure anesthesia is sufficiently deep. If appropriate anesthesia
is achieved, muscle tone will be relaxed and the pedal withdraw
reflex from pressure applied to paws (toe-pinch response) will
be absent.

5. When anesthesia is sufficiently deep, slightly wet hair on the
scalp with tap water and cut the hair using iris scissors. Perform
this procedure away from the surgical station to keep the
station relatively clean.

6. Using cotton-tipped applicators, apply 70% isopropyl alcohol
followed by betadine to the shaved scalp, which will disinfect
the surgical site and reduce chances for infection.

7. Moisten the eyes with ophthalmic lubricant to prevent drying
during surgery.

8. Use the scalpel to make a vertical midline incision on the scalp
(1–1.5 cm) (see Note 5). Remove the soft tissue covering the
skull by blunt dissecting using cotton-tipped applicators. Make
sure that bregma is clearly visible.

Fig. 1Mouse placed in a cone restraint and receiving an intraperitoneal injection.
Angle the mouse downward and insert the needle, bevel faced up, into one of the
lower abdominal quadrants at a 30� angle to the skin. Always aspirate first to
make sure that no blood, tissue, or gastrointestinal contents enters the syringe,
which confirms the needle has not perforated any visceral tissue and is properly
located in the intraperitoneal cavity
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9. Place the animal prone onto the heating pad, which should be
programmed to maintain a core body temperature around
37 �C. To mount the head, fix the animal on the stereotactic
frame in a prone position, using the front teeth to secure the
mouth to the bite plate of the frame, making sure to pull the
tongue to the side using the curved forceps to keep the airway
clear. Tighten the frame above the nose, making sure the clamp
is not too tight to restrict breathing. Place the ear pins securely
either in the ears or on the sides of the skull and fasten shut.
Adjust the bite plate and ear pins such that the head is flat and
level. Make sure that the head is secured such that it does not
move when the animal breathes or when slight pressure is
applied to the top of the skull (see Fig. 2).

10. Aspirate the Hamilton syringe with distilled water and place
in the injection pump on the stereotactic frame, with the tip
at bregma and the bevel facing the midline. Bregma is
point 0 (see Note 6).

11. Move the needle to the following coordinates relative to
bregma, which will be the injection site: X (right lat-
eral) ¼ 2.2 mm; Y (rostral) ¼ 0.2 mm.

12. Use the drill to make a 1 mm cranial burr hole at the X,
Y position. (see Note 7).

3.2 Autologous

Blood Double-Injection

1. Program the infusion pump to deliver 30 μL in a 250 μL
Hamilton syringe at a rate of 5 μL/min.

2. Remove the Hamilton syringe from the infusion pump appara-
tus. Release the animal from the stereotactic frame and place in
a supine position, allowing easy access to the central tail artery.
Disinfect the tail with 70% isopropyl alcohol, which also helps
dilate the central tail artery, and allow the alcohol to air dry.

Fig. 2 Mouse mounted to the stereotaxic frame. The head should be completely
horizontal and parallel to the plane of the table. The head is secured properly if it
does not move when the animal breathes and if slight pressure can be applied to
the skull without moving the head
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Using a 26 gauge needle, puncture the artery and collect a
minimum of 30 μL of blood in a nonheparinized capillary tube
(see Note 8).

3. Quickly transfer the collected blood to the 250 μL Hamilton
syringe (see Note 9) and make sure that no air bubbles are in
the syringe. Place the syringe back on the microinjection pump,
making sure the needle bevel is facing toward the midline.

4. Remount the mouse on the stereotactic frame, and insert the
needle into the cranial burr hole until the tip is just below the
calvarium. This is point 0 depth-wise (see Note 10). Further
lower the needle to 3.0 mm below the dura.

5. Infuse 5 μL of blood, then pause. Lower the needle an addi-
tional 0.7 mm, wait for 5 min, and then infuse 25 μL.

6. Leave the needle in place for 10 min and withdraw at a rate of
1 mm/min to prevent backflow.

3.3 Collagenase

Infusion

1. Program the infusion pump to deliver 0.5 μL in a 10 μL
Hamilton syringe at a rate of 0.133 μL/min.

2. Remove the Hamilton syringe from the infusion pump appara-
tus. Prepare the collagenase by removing from the freezer and
thawing. Aspirate the needle (10 μL Hamilton syringe) with
collagenase three or four times, to ensure the entire column is
coated with collagenase. Finally, aspirate 8–10 μL of collage-
nase, remove any air bubbles, and place the needle back onto the
frame, such that the bevel is facing the midline (seeNote 11).

3. Insert the needle into the burr hole until the tip is just below
the calvarium. Advance the needle ventrally until it reaches a
depth of 3.7 mm.

4. Infuse 0.5 μL of the collagenase solution (0.075 Units) (see
Note 12). Leave the needle in place for an additional 5 min,
and then retract at a rate of 1 mm/min to prevent backflow.

5. For sham surgery, repeat the procedure for collagenase infu-
sion, only replace collagenase solution with phosphate buffered
saline.

3.4 Post-Injection

Surgical Procedures

and Recovery

1. Using a cotton-tipped applicator, apply bone wax to the burr
hole immediately after the needle is removed, making sure the
hole is completely plugged.

2. Using the hemostat, forceps, and 3-0 silk suture, suture the
incision shut by preferably making a running suture.

3. Inject saline subcutaneously into the flanks of the hind limbs.
Inject buprenorphine (0.03 mg/kg) subcutaneously as needed
to alleviate pain.
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4. Remove the animal from the stereotactic frame and place into
the recovery cage, which is placed on top of the heating blanket
to maintain a temperature near 37 �C within the cage.

5. Once the mouse is awake, alert, and moving, place it back into
its original cage.

4 Notes

1. Prepare anesthesia cocktail by mixing Ketamine (100 mg/mL)
with Xylazine (20 mg/mL) in a 2:1 ratio. For example, to make
1.5 mL anesthesia cocktail, mix 1 mL Ketamine with 0.5 mL
Xylazine.

2. Atropine (0.4 mg/mL) is given to reduce secretions in the
airway, allowing the animal to maintain easier breathing while
under anesthesia.

3. Prepare collagenase solution by dissolving sterile filtered, chro-
matography purified type VII collagenase from Clostridium
histolyticum (Sigma-Aldrich, St. Louis, MO, USA) into
ice-cold, sterile filtered phosphate buffered saline to create a
0.15 Unit/μL solution. Aliquot into 0.2 mL microcentrifuge
tubes at 20 μL/tube and store in �20 �C freezer protected
from light. Collagenase preparation needs to be performed on
ice and very rapidly to minimize degradation.

4. Buprenorphine is given after surgery to alleviate any pain and
discomfort the animal experiences from the procedure.

5. An incision that is too short can make the surgery cumbersome
(i.e., finding and drilling at the X, Y coordinates) as there is
only a small surgical window, while too long of an incision may
cause damage to surrounding tissue.

6. Bregma is an anatomical point at the intersection of the coronal
and sagittal sutures on the superior middle portion of the skull.
Bregma is the main reference point for stereotactic brain sur-
gery (see Fig. 3). After aspirating the syringe with distilled
water, ensure that all the water is removed to prevent unwanted
dilution of the collagenase. Diluted collagenase can result in
smaller hematomas, which will affect the injury severity and
create variations in the neurobehavioral tests.

7. Drill gently, and avoid damaging tissues below the dura, which
can result in excessive bleeding. Placing the drill at a 45� angle
can help to reduce the possibility of damaging the underlying
tissue. After drilling, check to ensure that the burr hole is in the
correct location by lowering the needle to the top of the hole.

8. Dipping the tail in lukewarm water will also help dilate the
central artery, making it easier to puncture and draw blood.
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9. Working fast while collecting and transferring blood into
syringe prevents blood clotting and ensures smooth infusion
of blood into the striatum. The autologous blood model is a
double-injection procedure because a small amount of blood is
injected first above the main target site to create a plug in the
needle track that significantly decreases the chance of backflow.

10. Point 0 for depth is when the very top of the hole in the needle
bevel is flush with the top of the skull when inserting the needle
into the burr hole (see Fig. 4).

Fig. 3 Diagram and picture of bregma. Bregma is the intersection point of the
coronal suture and sagittal suture. Bregma serves as the point of origin in
stereotactic surgeries

Fig. 4 Point 0 at the top of the hole in the needle bevel. The bevel of the needle is
facing toward the midline. When inserting the needle through the burr hole into
the brain, the point of origin for depth is when point 0 is flush with the top of the
skull
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11. The needle may be flushed with 2–3 μL of collagenase between
animals to remove any residual collagenase from the previous
animal. This ensures that none of the collagenase being infused
has been at room temperature for an extended period, thus
potentially reducing its potency.

12. Check that the pump is dispensing properly by discharging
about 1 μL of the collagenase before infusing into the animal;
this also removes any additional air bubbles at the end of the
syringe. By doing so, you ensure that the animal receives the
entire desired amount of collagenase.
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Chapter 8

A Rat Burn Injury Model for Studying Changes
in Microvascular Permeability

Katie Wiggins-Dohlvik and Binu Tharakan

Abstract

The management of burn patients is an extremely complex and clinically challenging for patient care. Aside
from the increasing reports of burn injury and morbidity and mortality directly related to it, the pathobiol-
ogy of burn trauma is not clearly understood. The rat model of burn trauma described here is currently used
in research laboratories to study various aspects of burn injury, including vascular dysfunctions. This model
demonstrates the infliction of thermal injury in Sprague-Dawley rats using a well-established boiled water
approach. We have utilized intravital microscopy to examine the microvascular hyperpermeability, the
excessive leakage of proteins and fluids from the intravascular space to the extravascular space in mesenteric
postcapillary venules using this model. An increase in microvascular permeability is a strong indicator of
microvascular dysfunctions leading to tissue edema in burn trauma.

Key words Burn injury, Thermal injury, Burn trauma, Vascular hyperpermeability

1 Introduction

The management of burn trauma patients is an extremely complex
process and is clinically challenging for patient care. Aside from the
morbidity and mortality directly related to burn injury, the patho-
physiology of burn trauma is equally deleterious [1]. For patients in
the acute phase of burn injury, adequate fluid resuscitation is para-
mount to minimize further injury from such derangements; how-
ever, its importance is often equal to the difficulty of striking the
appropriate balance between enough and too little fluid for
resuscitation.

In such situations, delineated protocols outline resuscitation
and include the Parkland, modified Parkland, Brooke, modified
Brooks, Evan’s, and Monafo’s formulas [2]. Despite these guide-
lines and researches in the field, burn trauma patients often display
clinical signs of underresuscitation such as lactic acidosis or acute
kidney injury; over-resuscitation is equally problematic and can
cause abdominal compartment syndrome or intense tissue swelling
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[3–5]. The fluid leak and vascular dysfunction seen in burn injury is
poorly understood but has tremendous clinical impact as it can
render patients with both intense swelling and decreased intravas-
cular volume. Better understanding of the process responsible for
this may be highly beneficial in treating the innumerable patients
afflicted with these derangements in civilian and military settings.
The challenges of fluid management in burn patients stem from
dysfunction on multiple fronts; however, dysregulation of the vas-
cular system is thought to be paramount mainly due to increased
vascular permeability and subsequent edema that commonly
accompany severe thermal injuries [4, 6–11].

Investigation in vitro only examines isolated facets of the pro-
cess. Clinical or in vivo experiments are not always feasible, intra
vital microscopic investigation of vessels in real time offers unique
and invaluable insight into the mechanisms of vascular leak seen in
thermal injury. An increase in microvascular permeability, the exces-
sive leakage of proteins and fluid from the intravascular space to the
extravascular space, is a strong indicator of microvascular dysfunc-
tions leading to tissue edema in burn trauma [8–11].

The use of a well-established and reproducible rodent model, as
described in this protocol, is critical to fundamental research in this
field. Several laboratories, including our laboratory, currently use
this model to study various aspects of burn pathophysiology, with
particular focus on the study of microvascular abnormalities and
permeability changes associated with burn trauma [8–11]. While
this is one of the most reliable approaches currently available for
basic science researchers, further studies and model development
including its automation may be critical to understand the cellular,
molecular, and physiological changes associated with burn injuries
and for therapeutic drug development against burn injury.

2 Materials

2.1 Animals 1. Sprague-Dawley rats (Charles River Laboratories Wilmington,
MA) (see Notes 1 and 2).

(a) Male.

(b) 250–350 g.

(c) Aged 5.5–9.0 weeks old.

2.2 Animal

Preparation

1. Polyethylene tubing (PE-50, 0.58 mm internal diameter), two
pieces approximately 20–30 cm in length, with one end beveled
and the other attached to a three-way stop cock via a blunt
tipped needle, flushed with injectable saline.

2. 5 cc syringe and 27 gauge ½” needle.

3. Urethane, 1.75 mg/kg, diluted in saline (see Note 3).
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4. Four precut pieces 5-0 silk, 10–13 cm in length.

5. Bulldog clamp.

6. Electrocautery.

7. Heating pad.

2.3 Modified Walker/

Mason Burn Model

1. Plastic mold.

2. Thermometer.

3. Timer.

4. Water.

5. Heating surface.

6. Container large enough to submerge dorsal aspect of animal.

7. Towel to dry animal.

2.4 Post Injury/

Imaging

1. FITC albumin, (50 mg/kg); dissolved in injectable saline
warmed to at least room temperature.

2. Sterile, injectable, sodium chloride 0.9% (normal saline, NS).

3. Electrocautery.

4. Petroleum ophthalmic ointment.

5. Cotton tipped applicators.

6. 2 � 2 squares of gauze.

7. Plexiglass mounting stage.

8. Plastic wrap, cut to approximately 10 � 10 cm.

9. Forceps.

10. Intravital microscope with 60� objective, camera, and display
for viewing (we use a Nikon E 600 microscope, Tokyo, Japan;
Nikon Instruments 60� water submersion objective, Inc.,
Natick, MA; Photometric Cascade Camera Roper Scientific,
Tuscon, AZ respectively).

11. Software for image analysis (we use Nikon NIS Element
Software).

12. Small centrifuge tubes.

3 Methods

Before starting, all experiments should be approved by the neces-
sary institutional oversight committees in accordance with the
relevant government regulations.

1. Animals should be housed in 12:12 h light–dark cycle with
room temp 25 �C � 2 �C and humidity constant 55% with
free access to food and water until 12 h prior to experiments,
after which animals should be fasted.
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2. Animals should be anesthetized with intramuscular urethane
(1.75 mg/kg, dose divided in two and administered in bilateral
hindquarters).

3. After 30 min, anesthesia should be ensured with toe pinch.

4. Begin heating an appropriately sized container of water (so that
30% total body surface area can be completely submerged to
induce burn).

5. Apply ophthalmic ointment to the animal’s eyes to prevent
dryness.

6. Shave the animal’s neck and abdomen. Also shave the dorsum
of the animal according to the desired total body surface to be
burned.

7. A dime to quarter size area of skin overlying the lateral neck
should be removed and the external jugular vein identified and
isolated. 2 5-0 silk sutures should be placed around the vein but
not tied.

8. Make a small venotomy with care taken to avoid complete
transection.

9. Insert the beveled end of the polyethylene tubing carefully into
the venotomy and secure with the 5-0 silk proximal and distal
to the insertion site.

10. Next move medial and identify the carotid artery. Isolate the
vessel with care and dissect away the vagus nerve. Place a small
bulldog clamp as distal on the vessel as possible, taking care not
to damage the vessel which can be very small and fragile. Next
encircle the vessel with two of the precut 5-0 silk sutures but
similar to the vein, do not tie them. Make a small arteriotomy
and insert the beveled end of the polyethylene tubing. Secure
with the silk sutures and remove the bulldog clamp.

11. Open the stopcock and ensure back flow from the carotid and
flush with 0.5 cc saline to keep the line from clotting.

12. Carefully transfer the animal to the mold and secure so that the
desired amount of skin is exposed on the dorsal aspect of the rat
(see Note 4).

13. With a thermometer, ensure that the container of water is
100 �C for burn animals or 37 �C for sham animals.

14. Submerge the dorsal aspect of the animal in the water for 10 s.

15. Remove the animal from the water and pat-dry to stop contin-
uation of burn.

16. Start a timer to ensure that the first images captured are at
30 min post burn.
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17. Place the animal supine on a heating pad to ensure normother-
mia and secure upper and lower limbs with tape exposing the
shaved abdomen.

18. Make a midline celiotomy and carefully enter the abdominal
cavity, avoiding injury to underlying bowel or liver.

19. Place the animal in a lateral decubitus position on your plex-
iglass mounting stage, taking care not to dislodge your central
venous catheter or arterial line.

20. Place 2–3 ml. of normal saline on your plexiglass stage next to
the abdomen. There should be enough fluid to form a thin
layer under the bowel without air bubble but not so much fluid
that results in the animal lying in a puddle of fluid, as this can
cause your animal to become hypothermic.

21. Use two cotton tipped applicators to eviscerate the bowel over
your pool of saline and identify the distal ileum and ileocecal
value (see Note 5).

22. Inspect the mesentery. Vessels suitable for monitoring may be
visible as small hair like structures traversing the mesentery and
in our experience vessels more on the interior of the mesentery
(away from the edge of the bowel) are better for imaging. It is
best to locate such a vessel/vessels and position them in the
middle of the exteriorized loop.

23. Unfold a 2 � 2 piece of gauze and roll it along its length. Use
this to anchor the bowel loop and position it for imaging.

24. Cover the bowel with several milliliters of normal saline to keep
it moist.

25. Cover the bowel with plastic wrap and position such that there
are no bubbles in the liquid above or below your mesentery.
This will function essentially as your coverslip and also keep the
bowel moist and stave off excoriation during your experiment.

26. Move your animal to your microscope, attach the arterial line
to your monitor, and your central venous catheter to your IV
fluids.

27. We use a submersion lens and apply water on top of the
plastic wrap.

28. Locate a vessel approximately 20–35 μm wide for study: the
same vessel will be used for the duration of the experiment
(we found that isolated vessels with very little surrounding fat
or lymphatics are ideal).

29. At 25–27 min from your time of burn, inject FITC-albumin
through the central venous catheter over approximately
1–2 min and flush with 1 cc of NS.

30. At 30 min after burn injury, obtain your first intravital images.
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31. Utilizing the same vessel, obtain images per your predeter-
mined protocol (we obtain images at 30, 60, 80, 100,
120, and 180 min after burn injury for the majority of our
experiments) (Fig. 1).

32. Resuscitate the animal during the experiments as needed
(see Notes 6 and 7).

33. At the conclusion of your experiment, animals are euthanized
by exsanguination via arterial line (see Note 8).

34. Images are analyzed with Nikon NIS Element Software, differ-
ences from baseline.

4 Notes

1. Younger male rats weighing 250–350 g were utilized for our
experiments as heavier, older animals have increased mesenteric
fat, making visualization of small vessels with intravital micros-
copy more difficult.

2. Animals were given free access to food and water and then
fasted for 12 ours before experiments. We found this to be
helpful for two reasons. First, there was less peristalsis within
the bowel and this aided in obtaining clear images. Addition-
ally, a lower stool burden allows more simple exteriorization of
bowel and easier coverage with plastic film, which aids in
keeping the bowel moist for the duration of experiments.

Fig. 1 Burn trauma-induced increase in vascular permeability in rat mesenteric postcapillary venules, studied
using intravital microscopy. FITC-albumin was used as a fluorescent tag. The changes in vascular permeability
was determined based on the changes in fluorescent intensity measured and calculated intra and extra-
vascularly (data not included). Images representing a sham and burn animal starting from 30–140 min is
shown. Increased FITC-albumin extravasation indicating microvascular hyperpermeability is observed in burn
rats compared to sham rats
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3. Urethane was used for anesthesia and analgesia because, com-
pared to more commonly used agents, it has very limited effect
on cardiovascular status or vessel permeability, making it ideal
for experiments examining these parameters. It can be carcino-
genic and therefore should be handled with care and mixed
under a fume hood.

4. Take care during mobilizing animals to ensure that central
venous access and arterial lines do not become dislodged.

5. Touching the mesentery directly can cause injury to vessels and
vasospasm and should be avoided throughout experiments.

6. IV fluid resuscitation vary with experiments. In several of our
experiments we conducted fluid guided resuscitation and only
gave animals fluids when their mean arterial pressure fell below
a preset threshold [3–5]. During other experiments animals
were give a preset amount of IV fluid per kilogram per hour
[2]. The goals of your experiment should dictate which
method is utilized. Nonetheless, the central venous catheter
should be utilized in some manner intermittently for fluid
infusion or it will clot.

7. For the duration of the experiment, ensure that the bowel is
covered with plastic wrap and kept moist to avoid excoriation as
this can lead to vessel reactivity and interference with examina-
tion of such vessels.

8. In our laboratory, shed blood collected from exsanguination of
animals at the conclusion of experiments is commonly centri-
fuged at 4266 � g for 20 min, and then the serum removed
and frozen at �80 �C. Tissue is also harvested, flash-frozen in
liquid nitrogen, and stored at �80 �C for use in additional
experiments.
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Chapter 9

Modeling Transient Focal Ischemic Stroke in Rodents
by Intraluminal Filament Method of Middle Cerebral
Artery Occlusion

Mary Susan Lopez and Raghu Vemuganti

Abstract

The middle cerebral artery occlusion (MCAO) model is widely used for inducing a focal cerebral ischemic
insult (stroke) in rodents. Here, we describe a method for transient MCAO technique without craniotomy
in both mice and rats. In our laboratory, this technique yields consistent secondary brain damage that
evolves over a period of 3–7 days of reperfusion after transient MCAO. We also describe the methods for
analyzing postischemic motor dysfunction and infarct volume in rodents subjected to transient MCAO.

Key words Middle cerebral artery occlusion, Focal cerebral ischemia, Transcardiac perfusion, Beam-
walk test, Rotarod test, Sticker removal test, Infarct volume

1 Introduction

The ability to induce a controlled and consistent ischemic insult in
experimental animals allows studying the cellular and molecular
mechanisms of poststroke brain damage and testing of new thera-
peutic drugs. Middle cerebral artery occlusion (MCAO) has been a
valuable model of focal ischemic stroke since 1981, when Tamura
et al. [1] demonstrated permanent occlusion in the distal MCA via
craniectomy. This method and its variations are still widely used in
rodents, but does not allow for analysis of reperfusion-mediated
brain damage. A transient MCAOmodel was first developed in rats
by Koizumi et al. in 1986 [2], and was later expounded upon by
Longa et al. [3]. The Koizumi method uses a silicone-tipped nylon
monofilament, which is inserted into the common carotid artery
(CCA) and advanced through the internal carotid artery (ICA) to
the origin of the MCA. The Longa method employs a similar
intraluminal filament technique, but the filament is inserted into
the external carotid artery (ECA) instead of the CCA. In both
cases, reperfusion occurs upon withdrawing the filament, but in
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the Koizumi method the CCAwill be permanently ligated while the
Longa method allows for its reopening. Thus, the Koizumi method
can be employed only in rodents with well-developed circle ofWillis
that permits adequate blood flow in the MCA, whereas the Longa
method can be employed in any rodent [4].

The following are the methodological details of the intra-
luminal filament model of MCAO in mice (Koizumi method) and
rats (Longa method), including postprocedural analysis of behavior
and infarct volume as developed and routinely used in our
laboratory.

2 Materials

The surgical tools described below are adequate to perform this
procedure, but the surgeon may opt to add or substitute certain
tools as desired.

2.1 Anesthesia Rig

and Surgical Area

1. Surgical equipment (Fig. 1a).

2. Oxygen cylinder with gas limiter (Airgas).

3. Nitrous oxide cylinder with gas limiter (Airgas).

4. Isoflurane.

5. Neck rest. A roll of gauze taped into a cylinder can be used as an
appropriate neck rest.

6. Heated recovery cage for occlusion and reperfusion.

7. Electric razor.

2.2 Supplies

for Sterile Technique

1. Bead sterilizer (Fine Science Tools, #18000-45).

2. Sterile pads or stockings.

3. Iodine.

4. Sterile scrub brushes.

5. Sterile towels.

6. Sterile gloves.

7. Surgical mask.

8. Surgical bonnet.

9. Surgical gown.

2.3 Surgical Tools 1. Surgical tool set (Fig. 1b, #1-19).

2. Microscissors (Fine Science Tools, #91500-09 and #15000-
00). The larger pair (Fig. 1a) is used for cutting through fascia
and connective tissue and the smaller pair (Fig. 1a) is used for
arteriotomy. This keeps the arteriotomy scissors sharp, and the
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size affords greater precision. However, the surgery is possible
with only the larger pair of microscissors.

3. Microsurgical clip applicator and clips (Mizuho, #07-942-02;
clips #07-940-56). This size can be used only in rats. Micro-
vascular clips (Fig. 1b) tend to limit visibility, but can be useful
during emergencies. For example, if the ICA ligature comes
loose after arteriotomy, a clip can be placed near the arteriot-
omy so the ligature can be retied. Some surgeons use clips in
lieu of thread ligatures in rats, but this is not recommend as it
reduces the visibility.

4. Retractors (surgeon’s choice). Retractors enhance visibility
while conducting the surgery in rats, but difficult to use in
mice. An alternate to using retractors is to loop pieces of silk
suture around the arteries to demarcate where they are under
the glandular tissue. If this approach is taken, it is advisable to
have hemostats available to keep the silk organized. Another
alternate approach is to tie back the digastric and/or sterno-
mastoid muscles directly, using microsurgical needles with

Fig. 1 Surgical area and equipment for MCAO. (a) Surgical table with anesthesia rig. Equipment pictured: (1)
Electric cauterizer (Radionics, Model 440E bipolar coagulator). (2a) Surgical microscope (Leica MZ6). (2b)
Light box for surgical microscope. (3a) Warm water blanket (Stryker TP22C). (3b) T-pump system (Gaymar
T/Pump T-500). (4a) Mouse nose cone (Vetequip). (4b) Rat nose cone (Vetequip). (5) Prehensile light source
(Dolan Jenner, Fiber-lite 190). (6) Bain circuit (Surgivet). (7a) Isoflurane vaporizer (Surgivet). (7b) Isoflurane
charcoal filter (Vetequip). (8) Induction chamber (Surgivet). (9) Bead sterilizer (Fine Science Tools, #18000-45).
Additional equipment is described in Subheading 2.1. (b) Surgical tools for MCAO and transcardiac perfusion.
Tools pictured: (10) Pair of curved, extra fine Graefe forceps (Fine Science Tools, #11152-10). (11a) Vannas
large microscissors for sharp dissection (Fine Science Tools, #91500-09). (11b) Vannas small microscissors
for arteriotomy (Fine Science tools, #15000-00). (12) Iris scissors (Fine Science Tools, #14058-09). (13)
Scalpel holder (blades not pictured) (Fine Science Tools, #10003-12). (14) Straight, extra fine, sharp-tip
forceps (Fine Science Tools, #11295-10). (15) Cauterizing forceps (Radionics). (16) Microsurgical clip
applicator (Mizuho, #07-942-02). (17) Needle driver (Fine Science Tools, #12002-14). (18a) MCAO filaments
for mice (Doccol, #6023). (18b) MCAO filaments for rats (Doccol, #403934). (19) Microsurgical clips (Mizuho,
#07-940-56). (20) Rat-toothed forceps (Fine Science Tools, #91127-12). (21) Spatulae. (22) Sharp/blunt
surgical scissors for rat perfusion (Fine Science Tools, #14001-13). (23) Fine, pointed surgical scissors for
mouse perfusion (Fine Science Tools, #14068-12). Additional detail on certain tools can be found in
Subheadings 2.3 and 2.5. Some tools not pictured are described in Subheadings 2.3 and 2.5
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attached silk. But, this approach is not advised as it can be
traumatic and difficult to maintain aseptic technique.

5. Filaments (Doccol). Choosing an appropriate filament is criti-
cal for proper occlusion of MCA. Premade filaments (rats:
Doccol 4-0 #403934 and mice: Doccol 6-0 #6023) are
observed in our laboratory to be consistent and effective. If
desired, homemade filaments can be used, but some trial and
error is involved. For some guidance, see [5, 6] or the Doccol
website (www.Doccol.com).

6. Cotton-tipped applicators (Puritan, 806-WC) are useful for
blunt dissection, stemming accidental bleeding, moistening
regions with sterile saline, and applying topical gel analgesics.
This tool should not be omitted.

7. 6-0 braided nonabsorbable silk thread (Fine Science Tools,
#18020-60). Sterile 6-0 nonabsorbable silk thread is difficult
to find. For large spools of thread, cut into lengths and follow
manufacturer’s instructions for sterilization.

8. Curved needles with attached braided nonabsorbable silk
sutures (Ethicon; surgeon’s choice).

9. 1 mL syringes with needles.

10. Analgesics: Bupivacaine and lidocaine.

11. Sterile Saline: 0.9% NaCl solution.

2.4 Equipment

for Assessing Post-

MCAO Behavior

1. Beam-walk apparatus: This is usually homemade with sealed
wood. As long as the animal travels 1 m during the test, and the
same apparatus is used for all animals, the behavior data will be
internally consistent. Some trial and error may be required for
initially building this apparatus.

2. Rotarod (Letica Scientific Instruments, Rotarod R/S
LE8500).

3. Adhesive stickers: 1 cm � 1 cm for rat, 0.3 cm � 0.3 cm for
mouse (Avery).

2.5 Tools

for Transcardiac

Perfusion, TTC

Staining, and Long-

Term Brain Storage

1. Perfusion tool set (Fig. 1b, #20-23).

2. Perfusion syringe: 60 mL with 22 G needle for rat, 10 mL with
26 G needle for mouse.

3. Chilled Saline: 0.9% NaCl solution.

4. Tub of crushed ice.

5. Brain matrix (ASI Instruments, rat: #RBM-4000C, mouse:
#RBM-2000C).

6. 2,3,5-Triphenyltetrazolium chloride (TTC, Sigma, T8877).
Keep TTC solution in dark. A 0.25% TTC solution provides
excellent staining if sections are incubated for 30 min. See [7]
for additional guidance if desired.
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7. 6 or 12 well tissue culture plates (not sterile).

8. 37 �C incubator. If keeping an incubator in the animal sacrifice
area is impractical or infeasible, wrap the plate in the warm
water mat set to 37 �C.

9. 4% paraformaldehyde solution.

10. 30% sucrose solution made in PBS.

11. Scintillation vials.

12. Perfusion apparatus (e.g., Leica Perfusion One or AutoMate
Rodent Fixation System).

3 Methods

Adhere to aseptic technique for the entirety of the surgery. Prior to
surgery, sterilize tools using ethylene oxide followed by autoclaving
or bead sterilization. Follow institutional guidelines for laboratory
animal surgery and care.

3.1 Preparation

and Anesthesia

1. Adjust the oxygen level on the flowmeter to 1 L/min and
nitrous oxide to 0.3 L/min. Adjust the isoflurane level to 5%
on the vaporizer. These flowmeter numbers are guidelines that
apply to most vaporizer units.

2. Place the animal in the induction chamber until the surgical
plane is reached (2–5 min), then adjust the isoflurane level to
2%. Shave rats before surgery in an area separate from the
surgery area and clear any loose fine hair after the shaving.
For mice, it is preferred to sterilize the fur rather than shaving
[4] as the hair is fine and difficult to clear after shaving.

3. Adjust the animal in a supine position on a neck rest so that the
neck is elevated, but the trachea is unbent. Place a thin piece of
material under the Bain circuit to facilitate breathing, if neces-
sary. Ensure that the surgeon has clear access to the surgical
area at all times and adjust the body if needed.

4. Sterilize the surgical region three times with iodine, starting in
the center near the intended incision, and moving outward in a
circular motion. Cover the animal with a sterile drape.

5. Scrub up to the elbow with hot water and an iodine scrub
brush. Dry off with sterile towels, then don sterile gloves,
gown, mask, and bonnet.

3.2 Exposing

the Carotid Arteries

1. Inject bupivacaine (0.1 mL) subcutaneously along the
intended incision, then make a midline incision in the ventral
side of the neck. The incision can be made with a scalpel (rats)
or scissors (mice). Take care to avoid crushing the trachea or
cutting through interior tissue.
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2. Under dissecting microscope, open the skin, push aside glan-
dular and connective tissue and use microscissors to cut the
layer of connective tissue down the midline, between the large
mandibular salivary glands. Push the mandibular salivary
glands laterally with a sterile cotton-tip swab to expose the
triangular intersection of sternohyoid, sternomastoid, and
digastric muscles (Fig. 2). This is not necessary in mice, as the
triangular intersection will be visible after the incision.

3. Using microscissors, gently dissect the fascia connecting the
muscles, then retract them using blunt dissection (this will take
some force; spinning the swabs away from the midline will help
pull the tissues apart). This will reveal the CCA, ICA, and ECA
(Fig. 3a).

4. Free the CCA, ICA, and ECA from the underlying tissue using
the Graefe forceps. Take care not to damage the vagus nerve.
The carotid arteries are bound by web-like connective tissue on
all sides, but the bifurcation area is bound by a thicker connec-
tive tissue. Free the CCA first, by inserting closed Graefe
forceps underneath one side of the artery and moving back
and forth to break the web-like connective tissue. Isolate the
CCA from the vagus nerve gently by inserting closed Graefe
forceps underneath the CCA, and gently poking the end of the
forceps between the CCA and vagus nerve on the opposite side.
Open and close the forceps until a small opening is made, then

Fig. 2 Muscular intersection overlaying the carotid arteries. This subtle triangle
formed by the sternohyoid (SH), digastric (DG), and sternomastoid (SM) muscles
is pulled apart to reveal the carotid arteries underneath
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employ the back-and forth motion to gently separate the two.
Isolate the ICA and CCA in a similar fashion.

5. Rat only: cauterize and cut the occipital artery (OA) and the
superior thyroid artery (STA). Isolate the ECA as far rostral as
possible (the hyoid bone will limit the dissection). Isolate the
STA andOA (Fig. 3a) and cauterize them completely (Fig. 3b).

3.3 Introducing

the Filament

1. Ligate the ECA using 6-0 silk thread. Rat: ligate the ECA as
rostrally as possible. Mouse: ligate the ECA near the bifurca-
tion of the CCA.

2. Using microvascular clips or 6-0 silk thread, ligate the CCA and
ICA. In order to have sufficient working space, ligate the CCA
as caudally as possible and ligate the ICA as rostrally as possible.
Rat: transiently ligate both arteries. Mouse: permanently ligate
the CCA (take care not to twist CCA) and transiently ligate
the ICA.

3. Use 6-0 silk thread to loosely tie a transient ligature around the
filament insertion site. Rat: tie around the ECA. Mouse: tie
around the CCA, between the permanent ligature and the
CCA bifurcation.

4. Make a partial arteriotomy using microscissors. Rat: cut near
the permanent ligature on the ECA (Fig. 4a). Mouse: cut near
the permanent ligature on the CCA. Do not lift the vessel to
perform the arteriotomy, as this can flatten or twist the vessel.

Fig. 3 Anatomy of rat carotid arteries. (a) Visualization of common carotid artery
(CCA), external carotid artery (ECA), internal carotid artery (ICA), superior thyroid
artery (STA), vagus nerve (VN), and occipital artery (OA) in rat. (b) Carotid artery
region after OA and STA cauterization. Arrowheads in (b) indicate cauterized
stumps
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5. Insert the filament into the arteriotomy and tighten the tran-
sient ligature from step 3 around the filament (Fig. 4a). Keep
the ligature tight enough to prevent bleeding, but loose
enough to allow the filament to advance. Inserting the filament
is a difficult step and we recommend using the straight-tip
pointed forceps as a guide to open the vessel while inserting
the filament.

6. Advance the filament up to the ICA ligature/clip. Rat only: cut
ECA at arteriotomy site to free the ECA stump, then align the
stump with the ICA and advance the silicone tip up to the ICA
ligature. We recommend keeping the silicone bulb inside the
ECA trunk, then aligning the bulb so that it is parallel with the
CCA. Angle the bulb above the ICA so that the filament can be
gently pushed rostrally into the ICA. An alternate method is to
advance the bulb to the CCA, then flip the bulb inside the
vessel so that it points into the ICA. This technique is more
difficult when using filaments with longer silicone bulbs.

7. Slowly open the ICA ligature and advance the filament through
the ICA. Watch the silicone tip inside the vessel as it advances,
and make sure that the bulb does not travel down the ptery-
gopalatine artery (PPA). In the event that the filament travels
down the wrong artery, simply withdraw back into the ICA and

Fig. 4 Inserting and withdrawing the filament using Longa’s method. (a) Filament just after insertion into the
ECA. The arteriotomy region is circled. The silicone bulb is visible from outside the artery. (b) Occlusion of
MCA. The connective tissue (CT) near the bifurcation of the common carotid is intact in the figure, but the
surgeon may wish to cut this tissue away. (c) Reperfusion. The ECA has been cauterized and permanently
ligated. Blood flow from CCA is restored
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start again. Look for the PPA branch off of the ICA, and
physically direct the bulb using Graefe forceps if necessary.
You can ligate the PPA to prevent the filament from entering
this artery.

8. Once the filament has reached the MCA region, slight resis-
tance will be felt. Tighten the ligature around the filament and
record the time as the start of ischemia (Fig. 4b). The origin of
MCA lies 18–20 mm in rats and 9–11 mm in mice from the
CCA bifurcation. In both cases, if using Doccol filaments, the
bulb will not be visible when occlusion is achieved. Ensure that
the filament ligature is tied tightly in place as it may get dis-
lodged when the animal becomes conscious and active during
the ischemic period. Rat only: remove the transient ligature
from the CCA.

9. Moisten the area with sterile saline, apply lidocaine as a topical
analgesic and close the wound with sutures or staples. Apply
bupivacaine along the sutures after wound closure and place
the animal in a temperature controlled recovery chamber.
Monitor for abnormal behavior other than that due to ischemic
insult.

3.4 Reperfusion

and Postsurgical Care

1. Reanesthetize and reposition the animal for surgery and rest-
erilize the area as described in Subheading 3.1.

2. Reopen the neck incision to reveal the filament. Gently pull the
filament out of place until the bulb is visible, and record the
time as the end of ischemia.

3. Bring the bulb down to the arteriotomy and transiently religate
the ICA. Rat only: transiently religate the CCA as well.

4. Loosen the transient ligature around the filament and gently
remove it, then permanently tighten the ligature around the
arteriotomy to prevent bleeding. In rats, permanent ligature
can be reinforced by cauterizing the ECA trunk (Fig. 4c). In
mice, permanent ligature can be reinforced by tightening the
ICA ligature.

5. Rat only: Remove transient ligature from the ICA and CCA
(Fig. 4c).

6. Moisten the area with sterile saline, apply lidocaine as a topical
analgesic and close the wound with sutures or staples. Inject
isotonic saline intraperitoneally (17 mL/Kg) to prevent dehy-
dration. Apply bupivacaine along the sutures after wound clo-
sure and place the animal in a temperature controlled recovery
chamber. Monitor its behavior for 1–2 h.

7. Return the animal to a housing cage. Place moistened rodent
chow on the bottom of a cage to facilitate eating. Ischemic
animals should not be housed with nonischemic animals as they
may harm the ischemic rodents.
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8. Monitor the animal on the day after surgery. Look for signs of
hemiplegy that include impaired grooming, stasis and circling.
Impaired grooming and dehydration may result in urethral
blockages in mice which usually fall out or get dissolved. But
in extreme cases they need to be physically removed and the
animal should be rehydrated with an injection of sterile saline.

3.5 Postischemic

Functional Testing

When planning to use a functional test, ensure that the animals have
been trained daily for at least 3 days prior to the induction of
ischemia. To avoid bias, use a blinded evaluator for scoring these
tests.

1. Neurological deficit scoring: We use a 5-point scale for mea-
suring neurological deficits after MCAO [3, 8]. The scale will
be “0” for no deficits (normal behavior), “1” for mild deficit
(failure to fully extend contralateral forepaw), “2” for moderate
deficit (contralateral circling), “3” for severe deficit (contralat-
eral falling or flexion), and “4” for critical deficit
(no spontaneous movement and depressed consciousness).

2. Beam-walk test: Trained animals can walk across a narrow beam
for 1 m [8]. Ischemic animals will have difficulty performing
this task as the contralateral rear paws slide off the beam indi-
cating foot faults which can be counted to assay motor func-
tion. The time to complete the task can also be recorded to
assay anxiety and motor function.

3. Rotarod test: Trained animals can stay on a slowly rotating rod
(4–8 rpm) for a given period of time (3–5 min) [8]. Ischemic
animals will have difficulty performing this task and will fall off
of the rotating rod. The length of time the animal can stay on
the rotating rod can be recorded to assay motor function.

4. Adhesive sticker removal test: When small circular adhesive
stickers are placed on forepaws, normal trained rodents can
quickly sense and remove them [8, 9]. Ischemic animals dem-
onstrate difficulty in sensing and removing the stickers. The
length of time taken to sense and to remove the sticker can be
recorded to assay sensory-motor function.

3.6 Transcardiac

Perfusion

1. Induce deep anesthesia with isoflurane and place the animal on
ice. Be certain the animal is fully unresponsive using pedal and
tail pinch tests. This is a terminal procedure, so overexposure to
isoflurane is acceptable so long as the heart continues to beat
throughout the procedure.

2. Use rat-toothed forceps to grab the abdomen at the base of the
rib cage. Tent the tissue and cut laterally through the abdomi-
nal muscle. Once an abdominal incision is made, the procedure
must be finished within 5 min. Be sure to cut all the way across
the body to permit maximum blood drainage.

110 Mary Susan Lopez and Raghu Vemuganti



3. Grasp the xiphoid process with rat-toothed forceps and cut
through the diaphragm along the rib cage. Cut rostrally
through the lateral-most aspects of the rib cage, pulling the
xiphoid process toward the head until the heart is exposed and
the ribcage can be reflected up over the animal’s neck. Use a
hemostat to keep the rib cage open, if desired.

4. Insert a syringe (60 mL syringe for rat; 10 mL syringe for
mouse) filled with chilled normal saline into the left ventricle
and slowly administer the saline. Using scissors or the rat-tooth
forceps, tear or cut a hole in the right auricle.

5. Continue to perfuse the animal until signs of blood loss are
apparent: the lungs and paws will turn white, the auricle will
pump out saline, and the liver will turn from dark red to pale
tan. This should take no more than 2–3 min, and may not
require all of the saline in the syringe.

6. After satisfactory blood loss, decapitate the animal and set the
head on a sturdy surface for brain removal. At this point, shut
off the anesthesia.

7. Using the scalpel blade, score the skull along the sagittal suture,
moving all the way from the rostral-most aspect to the caudal-
most aspect of the skull.

8. Using scissors, cut any remaining neck tissue off of the skull,
and cut along the rear midline to make a single open line from
the foramen magnum, past lambda and bregma, up to the
snout.

9. Insert the closed point of the scissors into the snout near the
nasal turbinates. Open the scissors slightly, and twist to open
the skull along the scores that were made earlier. Open the
scissors the rest of the way to force the skull open.

10. Invert the skull and with a chilled spatula gently dislodge the
brain from the cranium. Invert the skull so that gravity helps to
remove the brain. It is necessary to disrupt the cranial nerves
and remove the brainstem from the foramen magnum. Follow-
ing transient MCAO, infarction is largely seen in the cerebral
cortex and striatum; hence take care not to touch the area
between lambda and bregma with the spatula. Use the cerebel-
lum and olfactory bulbs as leverage to remove the brain from
the cranium, if necessary.

3.7 Infarct Volume

Estimation by TTC

Staining

1. Chill the rodent brain matrix on ice. Use the olfactory bulbs
and cerebellum to position the brain inside the matrix. If the
brain is fresh (as described), insert razor blades every 2 mm,
then insert more razor blades between the first set to obtain
1 mm slices. This maintains the architecture and prevents
“squishing” the slices. Some labs prefer freezing the brain at
�20 �C for 2–3 min before placing it inside the matrix. If the
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brain is slightly frozen, then razor blades can be placed every
1 mm without fear of disrupting the architecture.

2. Gently remove the brain slices and place them into prefilled
wells of a 6 or 12 well plate containing TTC solution. Incubate
for 30 min at 37 �C.

3. After 30min, remove slices from the TTC and place them in 4%
PFA for storage (Fig. 5a).

4. Scan brain slices, find infarct area of each slice using ImageJ
(http://imagej.nih.gov/ij) or equivalent program, and esti-
mate infarct volume [10, 11].

5. An approximate volume can be estimated using rectangular

summation (V¼d
Pn�1

i¼1 yi

h i
, where d is the distance between

sections, y is the area of section i and n is the total number of
sections), such that the distance between the sections being
analyzed is multiplied by the area of each section (typically,
area � section thickness). Cavalieri’s estimator [11] is an
improvement on rectangular summation as it corrects for
overprojection when section thickness is not negligible

V ¼ d
Pn

i¼1 yi � tð Þymax

� ��
, where t is the thickness of the

section with the maximal area (ymax)).

3.8 Long-Term

Storage for Immuno-

histochemistry or

Cresyl Violet

(CV) Staining

1. Prepare the perfusion apparatus. Fill the apparatus with 4% PFA
and ensure that there are no bubbles in the tubing.

2. Perform transcardiac perfusion as described in steps 1–5 of
Subheading 3.6.

3. Following saline perfusion, exchange the saline syringe for the
perfusion apparatus and administer 4% PFA solution into the
left ventricle. At this point, the anesthesia can be shut off.

Fig. 5 Means of visualizing infarctions after MCAO. (a) Coronal brain section (1 mm thick) stained with TTC
from representative adult mouse subjected to 60 min MCAO and 3 days of reperfusion. Solid black line
surrounds the infarct region. (b) Coronal brain section (40 μm thick) stained with Cresyl Violet from
representative adult rat subjected to 60 min MCAO and 7 days of reperfusion. Dotted black line surrounds
the infarct region
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4. Continue to perfuse until animal begins to exhibit tetany-like
seizures and the limbs become difficult to move. It should be
completely stiff by the time it is fully fixed.

5. Remove the skull using the method described in steps 7–10 of
Subheading 3.6. The skull will be considerably more difficult to
break through after fixation, so rongeurs can be employed. As
the brain is fixed, time is not of the essence and the surgeon can
focus on preserving the brain’s architecture.

6. Place the brain in a scintillation vial filled with 4% PFA, and
keep at 4 �C overnight.

7. After the overnight fixation, transfer the brain to another scin-
tillation vial filled with 30% sucrose and keep at 4 �C overnight.

8. Replace the sucrose every day until the brain sinks (should take
3–5 days), indicating that it has become fully dehydrated. At
this point, transfer the brain to a scintillation vial filled with
fresh 30% sucrose for long-term storage at 4 �C. The fixed,
dehydrated brain can be cut with a microtome for immunohis-
tochemistry and infarction analysis by Cresyl Violet staining
(Fig. 5b).
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Chapter 10

A Complete Guide to Using the Endothelin-1 Model
of Stroke in Conscious Rats for Acute and Long-Term
Recovery Studies

Hima C.S. Abeysinghe and Carli L. Roulston

Abstract

Multiple methods exist to model permanent and transient ischemia under anesthesia in animals, however
most human strokes occur while conscious. The use of endothelin-1 as a vasoconstrictor applied to the
perivascular surface of the middle cerebral artery is one of the only methods for inducing stroke in conscious
animals. Here, we describe standard operating procedures for stereotaxic placement of an ET-1 guide probe
above the middle cerebral artery, induction of stroke in conscious rats, predictive outcome scoring during
stroke, and neurological behavioral tests that we use to monitor transient and continuing deficits. The
inclusion of long term neurological assessment is of particular importance when taking into consideration
the effects of stroke on brain remodeling.

Key words Standard operating procedure, Stereotaxic surgery, Conscious stroke, Predictive outcome,
Neurological assessments

1 Introduction

Given the setbacks associated with neuroprotective drugs in clinical
practice, it is clearly important to use animal models of stroke that
mimic more closely the human condition. Endothelin-1 (ET-1) is a
potent and long-acting venous and arterial constrictor. Originally
isolated [1] and generated by endothelial cells, ET-1 exerts its
effects through two main receptors, endothelin-A receptor
(ETA-R) and endothelin-B receptor (ETB-R) [2, 3]. Targeting
the receptor located on the perivascular surface of the middle
cerebral artery lead to the development of the first conscious
model of stroke in animals [3]; stereotaxic injection of ET-1 adja-
cent to the middle cerebral artery (MCA) in conscious rats
resulted in constriction of the MCA followed by gradual reperfu-
sion. This was the first viable model of conscious focal cerebral
ischemia that resulted in cerebral infarctions equivalent to those
observed using anesthetized models of MCAo(3 & 13). Since then

Binu Tharakan (ed.), Traumatic and Ischemic Injury: Methods and Protocols, Methods in Molecular Biology, vol. 1717,
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application of ET-1 to the MCA to induce focal ischemic strokes has
also been adapted for use in primates [4], representing amost relevant
platform for clinical translation to investigate ischemic stroke.

ET-1 induced reduction in CBF with gradual reperfusion
resembles the majority of human strokes where varying degrees of
spontaneous reperfusion occurs in the absence of thrombolysis
[5]. The model enables prediction of outcomes based on observed
behavioral changes as they occur during stroke induction. Similar
prognostic clinical approaches, such as the use of the Scandinavian
Stroke Scale, allow prediction of functional outcome and survival of
stroke sufferers in order to correctly stratify treatment groups in
clinical trials [6]. This same approach has now been developed for
use in rats [7] where concurrent observations during ET-1 stroke
induction can be used to accurately predict the extent of histological
damage and neurological deficits incurred [8]. Such a predictive
outcome model enables stratification of rats into treatment groups
ensuring that stroke severity is evenly represented across all treat-
ments to be assessed [7, 8]. This holds particular relevance to the
clinical setting since humans are not preassigned to treatment
groups prior to the onset of stroke, and not all human stroke is
the same [6]. Historically, preclinical animal studies randomized rats
into treatment groups prior to stroke induction which may have led
to groups being unevenly weighted according to stroke outcome.

A high degree of variability in stroke damage is observed
between individuals and this too can be accounted for when using
the ET-1 model since all degrees of stroke severity can be assessed
across treatments. This is particularly important when undertaking
a complete characterization of treatments on histological, molecu-
lar, and functional outcomes, with differential effects reported
across varying stroke severities [7, 8]. Additionally, it is equally
important to include appropriate long-term behavioral assessments
to detect neurological deficits across stroke outcomes to fully assess
a potential treatment on long-term survival.

If used correctly and consistently, a model of stroke induced in
the absence of anesthesia, which incorporates gradual spontaneous
reperfusion, and can be used reliably in long term studies, is most
desirable for the translation of new treatments to prevent the spread
of injury and promote recovery in patients. Herein we describe in
detail the Subheadings 2 and 3 and forms of analysis used to
conduct ET-1 induced stroke in conscious rats.

2 Materials

2.1 Surgery

and Stroke

This procedure uses Male Hooded Wistar rats, aged 10–12 weeks
(280–360 g). Rats are housed on a 12-h day/night cycle with
temperature maintained between 18 �C and 22 �C and maintained
on a standard chow diet. Rats are dually housed prior to surgery,
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but are housed separately after surgery to ensure no disruption to
the indwelling guide cannula. Be sure not to use sawdust or shred-
ded paper in the cages as dust from these can easily settle in the
ET-1 guide cannula and cause it to become blocked prior to stroke.

1. Rats.

2. Paracetamol (2 mg/kg in drinking water 24 h presurgery,
postsurgery).

3. Anesthetic—Ketamine, Xylazine, Isoflurane.

4. Lignocaine (1% solution).

5. Stereotaxic frame.

6. Sterile surgical instruments including scalpel blade, curved
suture needles and thread, microdissecting scissors, a fine spat-
ula, small curved forceps.

7. 23 gauge stainless steel tubing for guide cannula
(HTX-23-24).

8. 30 gauge stainless steel tubing for microinjector (HTX-30-24).

9. Small stainless steel screws (OPSM glasses frame screws).

10. Glasses frame screw driver set.

11. Hamilton glass syringe (5 μl).
12. 1 ml sterile syringe.

13. 100 μl pipette and pipette tips.

14. Clear plexiglass box.

15. Bench coat to line base of plexiglass box.

16. Premade microinjectors (see below).

17. Rectal thermometer.

18. Vaseline.

19. Endothelin-1 (Sigma; 40 pmol stock; dissolved in sterile
saline).

20. 301/2 gauge needle.

21. Endothelin-1 infusion line: OD 0.61 � ID 0.28 mm–20 cm.

22. Cuff: OD 0.96 � ID 0.58 mm–5 mm.

23. Digital timer.

24. Fine grade metal file.

25. Heating pad.

2.2 Neurological

Screening

1. Running beam (3 cm wide� 70 cm long, approx. 5 mm thick).

2. Digital Timer.

3. Small 1 cm round sticky labels in colors other than white or
black.
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4. Clear plexiglass box (approx. Height 30 cm, width 20 cm,
length 40 cm).

5. Plexiglass cylinder (height 30 cm, diameter 20 cm, thickness
7 mm) open top.

6. Mirror (50 cm � 50 cm).

7. Video camera.

8. Rat accelerating Rota-Rod.

9. Staircase apparatus.

10. Bio-Serve Sugar pellets (45mg each; Able Scientific, Australia).

11. Forceps for pellet positioning during training sessions.

3 Methods

3.1 Construction

of Microinjector

and Probe

3.1.1 Microinjector

(See Fig. 1a, b)

1. To make the microinjector start with HTX-30-24 stainless steel
metal tubing and cut to approximately 5 cm in length. This is
best achieved by first creating a bevel along the tubing at the
desired length with a small file (seeNote 10) and then snapping
the tubing at the bevel point to create a clean open finish. Only
apply light pressure when using the file so as not to dent the
lumen of the tubing. If dented ET-1 will not infuse smoothly
through the injector.

2. Thread the above piece of tubing through a piece of HTX-23-
24 tubing that has been cut ~2 cm in length in a similar fashion.
Ensure that one end of HTX-30-24 metal tubing extends 2 cm
from the end of HTX-23-24. Again use light pressure when
filing as a dented tube will prevent the injector from being
inserted.

3. Bend the HTX-23-24 in the middle to a 45� angle thus creat-
ing a reinforced elbow for the microinjector. Dents within the
lumen of the injector can be checked by infusing distilled water
smoothly through. Ensure remaining distilled water within the
injector is removed before continuing.

A B C

HTX-30-24
HTX-23-24

2cm 2cm 1cm

Bend 2cm HTX-23-24
for reinforced elbow

2cm HTX-23-24
ET-1 guide cannula

Fig. 1 Schematic diagram of the micro injector (a), which is threaded through a piece of 2 cm HTX-23-24
tubing to create a reinforced elbow (b). The final injector is later inserted into a second piece of 2 cm HTX-23-
24 tubing such that it extends 2 mm from the end (c). This second piece of 2 cm HTX-23-24 tubing makes up
the ET-1 guide cannula that is stereotaxically inserted adjacent the middle cerebral artery
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3.1.2 Probe (See Fig. 1c) 1. Using a second piece of HTX-23-24, file to length so that the
microinjector made above will extend 2 mm from the end of
the probe once it is inserted through the probe. Hence if the
microinjector measures 2 cm from the reinforced elbow then
the guide probe will need to be 18 mm exactly. This 18 mm
probe will be later stereotaxically positioned to sit ~3 mm
dorsal to the middle cerebral artery. This distance from the
artery ensures that the artery is not punctured during surgery.
When the microinjector is positioned during stroke it will sit
~1 mm dorsal to the artery for endothelin-1 application. Again
when filing use light pressure so as not to dent the lumen of the
tubing, thus creating clean entry and exist either end of the
guide cannula.

2. Place each individual microinjector into a separate clearly
labeled container (glass vial) and label for each rat so that
each injector made can be matched to the corresponding
implanted guide probe. It is very important that each micro-
injector made is an exact match to the probe implanted in the
rat to ensure accurate individual localization of the middle
cerebral artery during stroke induction.

3.2 Stereotaxic

Surgery

The precision in placing the probe adjacent to theMCA is critical to
achieving best outcomes. Attention must firstly be paid to sourcing
a high quality stereotaxic frame and then ensuring no parts on the
frames arm or probe holder become wobbly when set to position.
Human error when reading the frame coordinates is often cause for
imprecision. While some misalignment to the MCA can still result
in stroke (one reason for obtaining smaller strokes), attention to
detail when reading and setting coordinates is key to successful,
repetitive outcomes.

1. Prior to surgery all rats should undergo physiological and
neurological assessments to ensure no damage is induced as a
result of stereotaxic placement of the ET-1 guide probe. This
should include recording the rat’s weight presurgery and asses-
sing neurological performance according to behavioral tests
described below (see Subheading 3.4).

2. To prevent postoperative pain, pretreat rats with Paracetamol
(2 mg/kg in drinking water) 24 h prior to surgical procedure
and for a further 24 h postsurgery.

3. Turn on the heating mat to support rat thermoregulation
during surgery.

4. Attach the previously made guide probe (see above) to the
probe holder on the stereotaxic frame making certain that the
guide probe is positioned perfectly vertical once clamped firmly
into place.
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5. Anesthetize the rat by intraperitoneal injection of Ketamine
(100 mg/kg)/Xylazine (10 mg/kg) solution 0.2 ml/100 g.
Anesthetization is then maintained throughout surgery by
inhalation Isoflurane (95% oxygen and 5% Isoflurane) via a
stereotaxic nose cone attachment that features an inlet and
outlet port for the flow of gaseous mixture. The oxygen
gauge is set to 1.5 l and the Isoflurane gauge is set to 1 l.

6. Mount the rat into the stereotaxic frame making sure that the
rat head is perfectly secure and sitting straight in the mounted
position. It is important that the rat head does not wobble or
move under pressure. Blunt ear probes should be positioned
just above the ear canal.

7. Position the nose cone attachment on the stereotaxic frame so
that it is fully covering the rat nose and apply isoflurane using
an inhalation anesthetic machine as described above.

8. Once the head is secured make a mid-line incision down the
center of the scalp starting just behind the eyes and moving
back ~2–3 cm.

9. Place two suture threads on either side of the skin flaps and
secure to each side of the frame with surgical tape, thus expos-
ing the scalp for surgical access.

10. Gently remove the fine connective tissue layer under the scalp
until the skull bone is exposed. Douse with Lignocaine to
anaesthetize the surface (this will support recovery).

11. Make an incision ~ 1 cm in length along the right surface of the
skull between the bone and the temporalis muscle so as to
gently detach the muscle from the skull without damage to
the muscle. DO NOT cut into the muscle. Use a pair of small
curved forceps to pull and hold the muscle away from the skull,
fixing in place with surgical tape. Clear away any residual tissue
left behind on the skull bone and pat dry with a cotton bud.

12. Locate Bregma and mark with a fine tip black marker pen (see
Fig. 2a)

13. Drill one small dent on top of the skull for placement of one
small screw on the ipsilateral side close to where the ET-1
probe is destined to be positioned (see Fig. 2a). Gently wind
in the screw such that it fixes into the skull but does not
penetrate below the epidural space (about half way). This can
be helped by using a set of flat forceps that hold the screw in
position between the skull and screw head, thus preventing the
screw from physically being pushed in all the way (see Note 1).

14. Once the screw is in place align the base of the guide probe so
that it is positioned directly over and sitting on the point of
bregma. Record the coordinates on the frame for Anterior/
Posterior, Medial/Lateral, and Dorsal/Ventral. Raise the
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probe and adjust the frame according to the following coordi-
nates: +0.2 AP; �5.9 ML; �5.2 DV.

15. Gently lower the guide probe until it sits on top of the point of
entry into the skull. Mark this point with a black marker pen.

16. Drill a burr hole over this marked point (down the side of the
skull, see Fig. 2a) to allow the guide probe to enter the brain and
be positioned above the middle cerebral artery (see Note 2).

17. Once the probe is in position use a small amount of bone wax
to seal the point of entry and secure with dental cement being
sure to cover the previously attached screw to anchor the
cement and probe.

18. Once the cement is dry remove the probe from the probe
holder and suture wound.

19. Douse the wound with lignocaine and monitor the rat every
30 min until fully awake (approximately 2–4 h). Treat with
Paracetamol in the drinking water for 24 h to prevent postop-
erative pain. Allow rats to recover for 4–5 days before stroke
induction.

3.3 Stroke Induction Stroke induction needs to be performed in a calm and safe environ-
ment free from disruption. The experimenter should be familiar-
ized with each rat prior to commencing stroke. This is often best
achieved while conducting prestroke physiological and behavioral
assessments described below.

1. Take 60 μl of stock ET-1 (40 pmol) and add 60 μl saline to
make a final 20 pmol ET-1 solution.

Fig. 2 Schematic diagram of stereotaxic locations: Arrows point to retraction of skin flaps, site of Bregma, site
for cannula implant and positioning of anchoring screw (a). Diagram of the rat brain showing the target area
for infusion of ET-1 adjacent to MCA (modified diagram from [9]) (b)
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2. Fill a 1 ml sterile syringe with ET-1 using a 30-gauge needle
attached to the syringe.

3. Attach the appropriate microinjector to one end of a 20 cm
ET-1 infusion line (OD 0.61 � ID 0.28 mm) and fill the line
with the endothelin-1 (20 pmol) using the 30-gauge needle
attached to the other end of the line, making certain that
endothelin-1 freely perfuses without air bubbles, through the
line and out the tip of the microinjector as the line is filled.

4. Place a small infusion line “cuff” (OD 0.96 x ID 0.58 mm ~
5 mm) on the elbow of the microinjector in order for it to be
fastened to the implanted guide probe in the conscious rat (see
Fig. 3a). This will enable the rat to freely move about the cage
without the microinjector becoming dislodged during the
study.

5. Fill a Hamilton glass syringe (5 μl) with distilled water and
attach this to the infusion line, leaving a small air pocket
between the endothelin-1 and the attached syringe so that
ET-1 is separated from the dH2O as it is pushed through.
This also allows the experimenter to monitor the progression
of endothelin-1 through the line by keeping track of the
moving air pocket.

6. Prior to stroke use a small animal digital thermometer
embalmed with Vaseline to take rectal temperature, weigh the
rat, and record each for poststroke monitoring.

7. Induction of stroke itself does not cause pain. Lightly restrain
the conscious rat using a soft cloth. First ensure that the exter-
nal opening of the guide cannula is clear. This can be done by

ET-1 60pmol in 3µl

syringe
injector

Infusion line

A B

MCA

cuff

Fig. 3 Schematic diagram of the microinjector positioned into the implanted guide cannula and secured by an
infusion line ‘cuff’ (Orange) (a). The external end of the microinjector is attached to the ET-1 infusion line,
which is then attached to a 5 μl Hamilton syringe containing saline only. Photo of ET-1 injector correctly
positioned in the conscious rat for induction of stroke (b)
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inserting a 30 gauge needle into the tip of the cannula first
(see Note 12). Then once cleared the microinjector can then be
inserted into the previously implanted guide cannula, securing in
place with the cuff. Be careful not to rush this process as once the
microinjector is in place you do not want to bend it and compro-
mise its final positioning within the guide probe (seeNote 11).

8. Once the microinjector is positioned, place the rat in a clear
plexiglass box (30� 20� 25 cm) for observation during stroke
induction.

9. Stroke is induced by slow microinjection of ET-1 (60 pmol in
3 μl over a period of 10 min). Start timer.

10. Record all observed changes in rat behavior according to the
time they occur during ET-1 infusion (see Table 1). It is impor-
tant that during stroke rats are continually monitored and
changes in normal rat behavior are observed and recorded.
These behavioral changes include contralateral forepaw clench-
ing and continuous circling (see Fig. 4), and can be graded and
used to predict stroke outcome (see ref. 8). If the rats appear to
be having a large stroke prior to the full 3 μl infusion, STOP
INFUSION, to avoid having to euthanize the rat due to
extreme stroke.

11. Monitor changes in rectal temperature every 30 min for the
first 3 h after stroke. Increases in temperature (~1 �C) can occur
during stroke. Temperature increases above 3 �C may result in
seizure (see Note 13).

3.3.1 Monitoring

Requirements

Body weight should be assessed daily throughout the duration of
the study and animals continuously monitored for changes in activ-
ity. In addition to monitoring temperature and weight following
stroke induction (described above) rats can also be monitored
daily/weekly for neurological deficits using neurological tests spe-
cific for this species.

3.4 Assessment of

Functional Outcome

When addressing the development of brain injury following stroke
or traumatic brain injury it is important to measure any functional
deficits that occur as a result of injury. Groups of rats can be
routinely scored on a number of commonly used behavioral assess-
ments and each rat acts as its own control preinjury. It is important
to use a variety of different tests in order to pick up what are often
quite subtle changes in function in rats following injury to the
brain. In addition, it has been reported that rats often appear to
have no deficits in one test but will still show deficits in others,
depending on where the injury occurred. The behavioral tests
described below will help to determine conscious limb function,
fine motor control and sensorimotor function. These tests are
routinely used with the ET-1 model of stroke and have been
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Table 1
Changes in behavior upon ET-1 injection in the conscious rat gives an indication of stroke intensity
that correlates to the histological outcomes (see ref. 8)

Observed behavior
Stroke
rating

Stroke Infarct (unstained
brain sections)

Grooming, teeth chattering
Tongue poking, licking, contralateral whisker twitch, raised
contralateral forepaw

Raised and clenched contralateral forepaw

1

Grooming, biting cage and bedding
Spasmodic contralateral turns (not continuous)
Head turned to contralateral direction
Head bobbing in contralateral direction

2

Continuous consecutive contralateral turns
Chin rubbing on base of cage

3

Contralateral forepaw clench
Ipsilateral circling
Forepaw shuffling/digging
Tight ipsilateral circling

4

Loss of balance on rearing/walking
Loss of righting reflex
Still circling after 60 min

5
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shown to detect immediate deficits, spontaneous recovery of defi-
cits, and persistent long-term deficits (see ref. 10).

Current STAIR and RIGOUR guidelines for preclinical assess-
ment of therapeutics to treat stroke state that all neurological assess-
ments should be performed blinded to treatment (see ref. 11).
Therefore, after stroke each rat should be assigned a coded number
once allocated to treatment so that any further assessment is con-
ducted blind to treatment. This generally requires two experimen-
ters to work together, one to manage treatments and the other to
perform assessments blind to treatment.

3.4.1 Neurological

Deficit Score

Neurological abnormalities are evaluated with the use of a neuro-
logical deficit score based on detection of abnormal posture and
hemiplegia, as described by Yamamoto and colleagues [15] (see
Fig. 5).

1. Suspend the rat by the tail 10 cm above the bench top or home
cage floor for ~5 s and observe any twisting of the thorax
defined by the rat reaching up toward its tail. A nonstroke rat
will extend both forepaws toward the ground as if reaching for
the base of the cage (score 0) (see Fig. 5a). After stroke the
contralateral forepaw may not reach to the ground but flex to
the contralateral side. Slight flexion (score 1), 45� flexion (score
2), and pronounce 90� flexion (score 3). Often severe flexion is
accompanied by obvious twisting of the thorax.

2. In addition to forelimb flexion some thorax twisting is also
likely to observed in stroke affected with a wobble to contralat-
eral side (score 1), some contralateral twisting up toward the
tail (score 2), or twisting all the way up to touch the tail
(score 3) (see Fig. 5b).

3. Set up the running beam so that it is raised approximately
20 cm above the benchtop. Limb dysfunction is detected by

Fig. 4 Photographs of rats undergoing ET-1 induced stroke. Stroke induction is confirmed during ET-1 infusion
by observed clenching of the contralateral forepaw (a) and in severe stroke, ipsilateral circling with clenched
contralateral forepaw drag (b)
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placing the rat across the narrow beam (3 cm wide � 70 cm
long) and ability to grip onto the beam is observed. Forelimb
and hind limb paralysis is scored by ability to grip and keep all
limbs on the beam (see Fig. 4c). Loss of grip and occasional
slipping while walking along the beam (score 1), no grip and
limb resting over edge of beam (score 2) (see Fig. 5d), no grip
and limb dangling from beam with an inability to move along
the beam (score 3).

4. Add all scores from the above tests together for a total neuro-
logical deficit score with a maximum score of 12. Compare
neurological deficit scores poststroke to prestroke scores such
that each rat acts as its own control (see Note 3).

Fig. 5 Photographs of rats undergoing neurological deficit score assessment.
Non-stroke affected rats reach for the cage base when suspended by the tail (a);
Stroke affected rats contralaterally twist up toward the tail (b); Non-stroke
affected rats grip the running beam (c); stroke affected rats often display limp
contralateral forepaw use and hang the paw over the edge of the beam rather
than grip it (d)
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5. Results should be presented as box plots for nominal scores and
analyzed using a Kruskal–Wallis nonparametric ANOVA fol-
lowed by Dunn’s posttest for multiple comparisons.

3.4.2 Sensorimotor

Hemineglect (Sticky

Label Test)

Sensory hemineglect is evaluated by a test developed by Schallert
and Whishaw (1984) (see ref. 12) that measures sensitivity to simul-
taneous forelimb stimulation. This test is based on observations of
behavior in humans with unilateral brain damage. If two stimuli are
presented simultaneously, one on each side of the body, the contra-
lateral stimulus appears to be masked (“extinguished”) and either
remains undetected until the ipsilateral stimulus is removed or feels
subjectively weaker. In rats, the test consists of placing adhesive
tapes (Avery adhesive labels, 1-cm circles) on the distal-radial
region of each wrist (see Fig. 6).

1. Place the rat in a clear plexiglass box and allow that rat to
explore the new environment for 2–3 min.

2. Gently restrain the rat and place a small (1 cm diameter)
adhesive label (any color except white or black) on the inside
surface of each forelimb just above the thumb, on the wrist (see
Note 4). Placement of the first tape should be randomized
between contralateral and ipsilateral limbs.

3. Place the rat back into the clear plexiglass box and time how
long it takes for the rat to first touch each label and to remove
each label. Each trial should only last a maximum of 3 min and
should be conducted twice in training and then once only on
subsequent days.

4. The maximum score if tape is not removed is 180 s. Compare
the time to touch the tape from the contralateral forepaw to
that of the ipsilateral forepaw, and plot against prestroke scores.
Compare the time to remove the tape from the contralateral

Fig. 6 Photograph of a rat with adhesive labels positioned on the wrist of the
forepaws for assessment of hemineglect
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forepaw to that of the ipsilateral forepaw, and plot against
prestroke scores.

5. Analyze using two-way repeated measures ANOVA with
2-factor repetition (side � hour after stroke) to compare laten-
cies in the ipsilateral and contralateral forepaws over time. A
one sample t-test is used to determine significance of asymme-
try from chance or <0.05.

3.4.3 Rota-Rod

Performance

Motor performance is commonly assessed in rodents after brain
injury using an accelerating spinning wheel (Rota-Rod). While this
test is a reliable measure of short term impairment, spontaneous
recovery is often reported beyond 3 days and this involves learned
compensatory use of the tail to maintain balance while on the
wheel. As such it is not considered a reliable measure of long term
motor deficits.

1. Rats are pretrained to remain on the Rota-Rod for 3 min (see
Note 14). Each rat will be given two training sessions of three
trials each, 1 h apart on an accelerating Rota-Rod (spinning
wheel).

2. Rats are scored by timing how long they are able to remain on
the Rota-Rod compared with prestroke scores.

3. When a rat falls off the Rota-Rod, it lands 20 cm below on a
plastic plate which trips and stops the automatic timer. Bubble-
wrap is used as a cushioning device under the Rota-Rod so that
the rat does not harm itself when falling off.

4. Compare the time to fall off poststroke to that of prestroke
scores such that each rat acts as its own control.

5. Analyze using a one-way ANOVA across time within groups
and a two-way repeated measures ANOVA between treatment
effects followed by Bonferroni post hoc test for multiple
comparisons.

3.4.4 Cylinder Test The cylinder test assesses exploratory weight bearing motor move-
ments of rats against the wall of a cylindrical enclosure (see ref. 14)
(see Fig. 7). Rats will voluntarily rear and explore the wall using their
forelimbs. Prelesion rats typically distribute the weight bearing
movements equally on their ipsilateral and contralateral forelimbs
during vertical rearing and upon landing use both forelimbs simul-
taneously. After stroke, rats favor their nonimpaired limb (ipsilateral
forepaw) to support them while rearing and then land on the
dangling impaired limb first (see Note 5).

1. Stand cylinder on smooth clean surface.

2. Lean mirror against a wall directly behind the cylinder.
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3. Angle the video camera in front of the cylinder so that move-
ments by the rat on all sides of the cylinder can be seen
(recommended position: 100 cm in front; 75 cm to side).

4. Start video camera before placing rat in cylinder as many move-
ments can occur during the initial period of exploration.

5. Place the rat in the cylinder. The rat will rear and use forelimbs
to explore the walls of the cylinder. Rats will typically explore
walls with at least three forepaw touches before landing, there-
fore 10 landings should be counted in order to be confident of
obtaining at least 30 vertical wall touches.

6. Repeat test 24 h after stroke, 72 h and then at 7 days with 7 day
intervals thereafter (see Note 6).

7. Analyze the videotaped movements in slow motion.

8. Count only vertical wall touches where the forepaw is flat on
the wall with the digits spread apart.

9. Score the first 30 vertical wall touches as either a left forelimb
touch, or a right forelimb touch. Right and left forelimb move-
ments are counted independently; if one forelimb remains
stationary on the wall while the other moves, the first scores
only one until it moves again.

10. Do not score ambiguous movements.

11. Compare poststroke and posttreatment scores to a prestroke
baseline such that each rat acts as its own control (see Note 7).

12. Analyze using a two-way repeated-measures ANOVA followed
by Bonferroni post hoc test to compare differences between
treatment groups over time.

Fig. 7 Screenshots taken from video recordings of rat rearing during the cylinder
test. Non-stroke affected rats will use both forepaws indiscriminately for support
while rearing and exploring the cylinder (a); Stroke affected rats show prefer-
ence toward ipsilateral forepaw use while rearing (b). NB: this test requires a
mirror and video recording for accurate scoring of forepaw use
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3.4.5 Staircase Test A novel reaching test for the rat has been developed to assess the
independent use of forelimbs in skilled reaching and grasping tasks
that allow evaluation of sensory abilities, dexterity, and motor
coordination. The apparatus is a plexiglass box with a removable
baited double staircase. Food pellets are placed on the staircase and
presented bilaterally at seven graded stages of reaching difficulty to
provide objective measures of side bias, maximum forelimb exten-
sion and grasping skill. Animals should be well handled prior to
training. The time required to train the animals for the task will take
2 weeks, with training conducted twice daily at the same time each
day, taking 10–15 min each session.

The apparatus into which the animal is placed consists of a clear
Perspex chamber (203 mm long � 108 mm high � 60 mm wide)
with ahinged lid.Anarrower compartment (165mmlong�108mm
high � 60 mm wide) with a central raised platform running along
its length, creating a 19 mm wide trough on either side, connected
to the chamber. The narrowness of the side compartment prevents
the animal from turning around, so that it can only use its left paw
for reaching into the left trough and right paw reaching into the
right trough. A removable double staircase is inserted into the end
of the box, sliding into the troughs. Each of the seven steps of the
staircase contains a small 3 mm deep well into which three food
pellets are placed. Therefore 21 pellets are placed into the staircase.
The highest step of the staircase is 13 mm below the central
platform. A trained animal can collect pellets by reaching into the
trough: the number of steps from which pellets have been removed
provides an index of how far the rat can reach, and the number of
pellets remaining at the end of the test indicates the rat’s success in
grasping and retrieving pellets.

Training 1. On the first day, animals are familiarized to the experimental
apparatus by placing them into the test box for 15–20 min.

2. On the second day trial the rats twice. During the training
period, the experimenter helps the rat into the narrower com-
partment. For this purpose some pellets are first distributed
along the platform to attract the rats into the narrower com-
partment. Once in the compartment more pellets are then
presented to each well with forceps in order to help the rat
localize them.

3. Repeat the trials daily until the rats have learned to reach food
(usually by the 4–5th training session) (see Notes 8 and 9).

Trail period: By the fifth day commence recording pellet
retrieval.

1. Loading each step with three pellets for a total of 21 pellets on
either side. Place rats in the test box for 15 min.
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2. Count how many pellets are retrieved from each side over the
15-min trial period.

3. The final four tests will be used to determine baseline scores.

4. Only rats that can collect a minimum of 12 pellets from each
side will be included in analysis of the staircase test.

5. Results are expressed as a percentage of forepaw performance
compared to prestroke scores.

6. Analyze using a two-way repeated-measures ANOVA followed
by Bonferroni post hoc test to compare differences between
treatment groups over time

4 Notes

A number of problems can occur during surgery and stroke induc-
tion that can affect experimental outcomes. In addition to com-
ments made above relative to each procedure, we now provide
some examples with further comments regarding prevention or
correction of these problems.

1. The screw is inserted first so that once theMCA coordinates are
established very little pressure is then applied to the head.

2. It will be necessary to make a groove down the side of the skull
to allow the probe to be inserted vertically into the brain. Test
the position of drilling regularly. It is important that the guide
probe is not moved out of positioned as it passes through the
skull.

3. Occasionally ipsilateral deficits are also observed, particularly in
the beam grip test.

4. This is different to placing the tape on the base of each forepaw.
True hemineglect involves visual recognition without proces-
sing a functional response.

5. For accuracy in scoring, the test should be videotaped and
analyzed in slow motion.

6. This test is not sensitive to the time period, thus exploratory
movements may be encouraged by creating stimulation such as
momentarily turning lights off or sliding the cylinder over a
small distance. Caution: Do not overstimulate as the rat may
freeze or become agitated.

7. Additional analysis could include horizontal landings scored as
right, left, or both. The number of vertical movements per
horizontal landing could then be assessed in order to deter-
mine the amount of movement the rat can accomplish per
exploration.
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8. Wipe the floor and walls of the starting chamber between rats,
but not the staircase chamber to encourage the next rats to
explore this area. Clean the test box more thoroughly at the
end of each day.

9. If rats struggle to locate pellets in the wells, try raising the
staircase by holding the silver handle up so that the uppermost
stair is almost equal with the platform. If rats show no interest
in going on to the platform try tapping the end of the staircase
chamber or running a finger along the ceiling of this chamber.
Poking extra pellets through the gap at the end of the staircase
chamber may also encourage uncooperative rats.

10. A dull file can result in denting of the lumen when making
injectors and guide cannulas, which can affect the smooth
insertion of the injector into the conscious rat. This can be
prevented by ensuring the file is sharp and the user has a light
touch when filing.

11. When inserting the injector into the implanted guide in the
conscious rat, sudden movements while pushing it through can
result in bending of the injector. This renders the injector
unusable. We therefore recommend that each injector and
guide combination is documented for exact length such that
a new injector could be made to fit the implanted guide.

12. Occasionally an implanted guide cannula can become blocked
(often due to dust or small blot clots as a result of surgery). We
recommend using a 30 gauge needle to clear the external end
of the guide cannula prior to inserting the injector. If the block
appears to be occurring closer to the internal end of the can-
nula, try infusing a small amount of saline first in an attempt to
dissolve the block. If this does not work this rat could be used
in a sham surgical group.

13. There are a number of expected risks associated with stroke
induction. Temperature increases above 3 �C during stroke
may result in seizure and rats displaying these signs should be
humanely euthanized immediately (Lethobarbitone 1:2 dilu-
tion, ~160 mg/kg i.p.). Any rat showing signs of prolonged
loss of righting reflex or seizure activity during or after stroke
should also be humanely euthanized (Pentobarbitone 1:2 dilu-
tion, ~160 mg/kg i.p.). Body weight should be assessed daily
throughout the duration of the study: loss of weight greater
than 20% of preweight stroke should be keenly assessed for
euthanasia. Rats experiencing a severe stroke may lose some
forelimb/hind limb dexterity but stroke does not usually result
in complete loss of function.

14. During Rota-Rod training many rats learn to turn around
while on the wheel, enabling them to drop off quickly. This
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can be avoided during training by taping the nose of the rat
with a pen tip each time the rat’s head tries to turn around.
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Chapter 11

A Murine Model of Hind Limb Ischemia to Study
Angiogenesis and Arteriogenesis

Jun Yu and Alan Dardik

Abstract

Therapeutic angiogenesis offers promise as a novel treatment that is complementary to surgical or endo-
vascular procedures for peripheral arterial diseases (PAD). Appropriate development and use of hind limb
ischemia models is necessary for successful studies of therapeutic angiogenesis and/or arteriogenesis. In this
chapter, we describe two commonly used murine unilateral hind limb ischemia models, the femoral artery
transection model and the femoral/saphenous artery excision model.

Key words Hind limb ischemia, Animal model, Angiogenesis, Arteriogenesis, Ischemia, Peripheral
arterial disease

1 Introduction

Peripheral arterial disease (PAD) affects approximately eight mil-
lion people in the USA, although it has poor awareness and recog-
nition in the general population, and thus the prevalence of PAD is
likely to be underestimated [1]. While surgical revascularization
remains the most effective treatment for limb ischemia, many
patients with advanced disease are not suitable for surgical or
endovascular management. Therapeutic angiogenesis and stem
cell therapies are newer treatments that may be appropriate for
these difficult patients [2, 3]. However, defining optimal para-
meters for these gene and cell therapies is expensive to perform as
clinical trials in human patients, and therefore may be more suitable
in animal models [4, 5]. The murine hind limb ischemia model is a
very useful model to use for testing some of these parameters and
therapies [5, 6].

In this chapter, we describe the methodology for the two most
commonly used murine models of unilateral hind limb ischemia,
e.g., the femoral artery transection model and the femoral/saphe-
nous artery excision model. The femoral artery transection model is
a model that produces only a mild-to-moderate amount of ischemia
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that induces mainly arteriogenesis in the thigh, with minimal calf
angiogenesis. The femoral/saphenous artery excision model pro-
duces more severe ischemia that induces both thigh arteriogenesis
as well as calf angiogenesis. The materials and procedures for estab-
lishing and evaluating these models are described, including several
notes that come out of our own experience with these models.

2 Materials

2.1 Surgical Tools

(See Note 1)

1. Dissecting microscope.

2. Pointed forceps.

3. Surgical scissors.

4. Retractor (see Note 2).

5. Fine pointed forceps.

6. Spring scissors.

7. Needle holder.

8. Cautery tool.

9. Sterile cotton swabs.

10. 7-0 and 6-0 nonabsorbable sutures.

11. Heating pad.

2.2 Blood Flow

Measurement

Equipment

1. PeriFlux Laser Doppler Perfusion Measurement Unit with
deep penetration probe.

2. Laser speckle imaging system (moorFLPI-2 or higher resolu-
tion moorLDI2-HIR).

3. Power lab.

3 Methods

3.1 Femoral Artery

Transection Model

(See Note 3)

1. Anesthetize the mouse by placing it into an anesthesia induc-
tion chamber containing 2% isoflurane at a flow rate of 2 L/
min.

2. Remove the mouse from the induction chamber when it is
unresponsive to external stimuli. Confirm proper anesthetiza-
tion by pinching its toe. Apply some artificial tears ointment on
the eyes to prevent dryness (see Note 4).

3. Place the mouse in the preoperating area and connect it to a
continuous flow of isoflurane. Remove the hair from the lower
abdomen to the foot using an electric shaver. Then apply hair
removal cream to thoroughly remove the fur.
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4. Place the mouse in a supine position over a heating pad with
the left hind limb slightly abducted and the knee joint slightly
flexed. Extend and secure the limbs with a piece of tape with
hind feet facing up. Connect the mouse to a continuous flow of
isoflurane.

5. Once the mouse is secure, prepare the skin around surgical area
with three alternating betadine and alcohol scrubs.

6. Make a ~1 cm midline incision of the skin from ~7 mm below
the inguinal region and ~3 mm above it using forceps and
surgical scissors. The remainder of the surgical procedure
should be performed under a dissecting microscope to gain a
magnified view of the surgical region.

7. Gently push away subcutaneous fat tissue superficial to the
neurovascular bundle in the thigh region by using phosphate
buffered saline moistened cotton swabs and forceps.

8. Use a retractor to open the wound for easy access to the
neurovascular bundle.

9. Gently pierce through the membrane of femoral sheath by
blunt dissection using fine forceps to expose the neurovascular
bundle. The anatomy of the surgical region should be now
clearly exposed as shown in (Fig. 1). Asterisks indicate the
locations of ligation for the induction of hind limb ischemia.

10. Push away the nerve from the femoral artery and vein by using
a wet cotton swab.

11. Carefully separate the femoral artery from the femoral vein at
the ligation sites between the proximal caudal femoral artery
and the bifurcation of the deep femoral artery and saphenous
artery by blunt dissection using surgical fine forceps. Use cau-
tion not to tear the femoral vein (see Note 5).

12. Then, pass two 7-0 silk sutures underneath the separated fem-
oral artery segment. Tie off the artery by double knots as
shown in Fig. 2a.

13. Transect the femoral artery between the two ties.

14. If a Laser Doppler Perfusion system is used, the blood flow
should be assessed at this point, as described below (see Sub-
heading 3.3).

15. Remove the retractor and close the incision using 6-0 Nylon
sutures.

16. If Laser Doppler imaging system is used, the blood flow should
be assessed at this point, as described below (see Subheading3.4).

17. After blood flow measurement, place the mouse in a clean cage
with a heating pad and monitor the breath and heart beat
continuously until the animal is fully recovered.

18. Return the mouse to animal facility (see Note 6).

Murine Hind Limb Ischemia Model 137



Fig. 2 (a) The femoral artery transection model. Two ligatures around the femoral artery (not the vein), before
transection of the intervening segment. (b) The femoral/saphenous artery excision model. Upper ligature
around the femoral artery, middle ligature around the popliteal/saphenous artery bifurcation, and the lower
ligature around the saphenous artery. (c) The femoral/saphenous artery excision model, after excision of the
femoral and saphenous arteries

Fig. 1 Anatomy of the mouse hind limb (left). Asterisks indicate the locations of ligation in the models of hind
limb ischemia. A indicate artery; v indicate vein
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3.2 Femoral Artery

and Saphenous Artery

Excision Model (See

Note 7)

1. Anesthetize the mouse by placing it into an anesthesia induc-
tion chamber containing 2% isoflurane at a flow rate of 2 L/
min.

2. Remove the mouse from the induction chamber when it is
unresponsive to external stimuli. Confirm proper anesthetiza-
tion by pinching its toe. Apply some artificial tears ointment on
the eyes to prevent dryness (see Note 4).

3. Place the mouse in the preoperating area and connect it to a
continuous flow of isoflurane. Remove the hair from the lower
abdomen to the foot using an electric shaver. Then apply hair
removal cream to thoroughly remove the fur.

4. Place the mouse in a supine position over a heating pad with
the left hind limb slightly abducted and the knee joint slightly
flexed. Extend and secure the limbs with a piece of tape with
hind feet facing up. Connect the mouse to a continuous flow of
isoflurane.

5. Once the mouse is secure, prepare the skin around surgical area
with three alternating betadine and alcohol scrubs.

6. Make a ~1 cm midline incision of the skin from ~7 mm below
the inguinal region and ~3 mm above it using forceps and
surgical scissors. The remainder of the surgical procedure
should be performed under a dissecting microscope to gain a
magnified view of the surgical region.

7. Gently push away subcutaneous fat tissue superficial to the
neurovascular bundle in the thigh region by using phosphate
buffered saline moistened cotton swabs and forceps.

8. Use a retractor to open the wound for easy access to the
neurovascular bundle.

9. Gently pierce through the membrane of femoral sheath by
blunt dissection using fine forceps to expose the neurovascular
bundle. The anatomy of the surgical region should be now
clearly exposed as shown in (Fig. 1). Asterisks indicate the
locations of ligation for the induction of hind limb ischemia.

10. Push away the nerve from the femoral artery and vein by using
wet cotton swab.

11. Carefully separate the femoral artery from the femoral vein at
the proximal ligation site just below the inguinal ligament. Use
caution not to tear the femoral vein (see Note 5).

12. Then, pass a 7-0 silk suture underneath the proximal end of the
femoral artery just below the inguinal ligament and tie off the
artery by double knots as shown in (Fig. 2a).

13. Carefully separate the femoral artery from the femoral vein all
the way down to the site of popliteal artery and saphenous
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artery bifurcation by blunt dissection using surgical fine for-
ceps. Use caution not to tear the femoral vein.

14. Then, pass a 7-0 suture underneath the femoral artery just
proximal to the popliteal artery and saphenous artery bifurca-
tion. Tie off the artery by double knots as shown in (Fig. 2b).

15. Replace the retractor if necessary so the distal region of femoral
artery and saphenous artery can be exposed clearly (seeNote 8).

16. Carefully separate the saphenous artery from the vein for about
half way down by blunt dissection using surgical fine forceps.
Use caution not to tear the saphenous vein.

17. Then, pass a 7-0 suture underneath the distal site of saphenous
and tie off the artery by double knots as shown in (Fig. 2b).

18. Using a cautery tool to cauterize the lateral circumflex femoral
artery and proximal caudal femoral artery. Apply the cautery
transversely to incise the superficial caudal epigastric artery.

19. Transect and excise the segment of artery between the most
distal and proximal knots by using a pair of spring scissors. Use
caution not to tear the surrounding vein (Fig. 2c).

20. If a Laser Doppler Perfusion system is used, the blood flow
should be assessed at this point, as described below (see Sub-
heading 3.3).

21. Remove the retractor and close the incision using 6-0 Nylon
sutures.

22. If Laser Doppler imaging system is used, the blood flow should
be assessed at this point, as described below (see Subheading
3.4).

23. After blood flow measurement, place the mouse in a clean cage
with a heating pad and monitor the breath and heart beat
continuously until the animal is fully recovered.

24. Return the mouse to animal facility (see Note 6).

3.3 Laser Doppler

Perfusion

Measurement

1. Place the mouse into the anesthesia induction chamber con-
taining 2% isoflurane at a flow rate of 2 L/min.

2. After the mouse is unresponsive to external stimuli, remove it
from the induction chamber. Confirm proper anesthetization
by pinching its toe. Apply some artificial tears ointment on the
eyes to prevent dryness.

3. Place the mouse on preoperating region connected to
isoflurane.

4. Apply hair removal cream to thoroughly remove the fur
below knee.

5. Place the animal on a 37 �C heated surface for 5 min. Monitor
the body temperature to ensure stable.
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6. Place the mouse in a supine position over a heating pad with
the both hind limbs slightly abducted. Extend and secure the
limbs with a piece of tape with paws facing up.

7. Once the mouse is secure, prepare the skin below knee area
with three alternating betadine and alcohol scrubs.

8. Make a ~7 mmmidline incision of the skin below knee on both
limbs.

9. Place the deep penetration probe onto the surface of gastroc-
nemius muscle group.

10. Record the blood flow trace for 3min for each limb (seeNote 9).

11. Close the incision using 6-0 Nylon sutures.

12. Return the mouse to the recovery cage and monitor the animal
continuously until fully recovered.

3.4 Laser Doppler

Imaging

1. Place the mouse into the anesthesia induction chamber con-
taining 2% isoflurane at a flow rate of 2 L/min.

2. After the mouse is unresponsive to external stimuli, remove it
from the induction chamber. Confirm proper anesthetization
by pinching its toe. Apply some artificial tears ointment on the
eyes to prevent dryness.

3. Place the mouse in the preoperating area and connect it to a
continuous flow of isoflurane.

4. Apply hair removal cream to thoroughly remove the fur
below knee.

5. Place the animal on a 37 �C heated surface for 5 min. Monitor
the body temperature to ensure stable.

6. Place the animal in the supine position on a nonreflective light-
absorbing surface, connected to a continuous flow of isoflur-
ane. Extend the hind limbs.

7. Specify the size of the field of view and scanning resolution (see
Note 10). Using the Laser Doppler imager and the acquisition
module to acquire image per the manufacturer’s instructions
(see Note 9).

8. Return the mouse to the recovery cage and monitor the animal
continuously until fully recovered.

Both Laser Doppler Perfusion Measurement and Laser Doppler
imaging procedures can be repeated to follow the changes in
blood flow recovery over time.
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4 Notes

1. Surgical tools need to be sterilized prior to surgery with a
hot-bead sterilizer. It is required that the surgical tools be
resterilized between each operation when multiple mice are
operated on the same day.

2. We use our own retractors since most commercial available
retractors are too big for surgery on a mouse limb.

3. This is a mild hind limb ischemia model that mainly induces
arteriogenesis in the thigh without calf angiogenesis.

4. Flush the anesthetic from the induction chamber prior to
opening the lid to decrease the operator’s exposure to
isoflurane.

5. In the case of accidental disruption of the femoral vein or other
vessels occur, a dry sterile cotton tipped applicator should be
applied to the site of hemorrhage with moderate pressure until
the bleeding stops.

6. Consult the Institutional Animal Care and Use Committee
(IACUC) at your institution for specific regulations regarding
returning post-surgical animals to the animal care facility, as the
mouse that undergoes hind limb ischemia surgery may be
considered to have a pain level of either D or E, depending
on the exact protocol and medications used. Appropriate pre-
operation and postoperation analgesic agents should be given
per local IACUC regulations.

7. This is a more severe hind limb ischemia model that induces
arteriogenesis in the thigh and profound hypoxia induced
angiogenesis in the calf muscle groups.

8. The mouse skin on the lower limb is very flexible. It is possible
to retract the wound up and down to expose the proximal and
distal surgical regions by using a smaller incision. In our expe-
rience, this procedure can accelerate the wound closure time,
decrease the inflammatory response cause by surgery and
diminish the impact of surgical wound on Laser Doppler imag-
ing. A larger incision is shown in the Figures only for illustrative
purposes.

9. The body temperature and the light in the measurement area
should be kept very stable. Any vibration should be avoided. All
these factors may influence the recording.

10. The field of view and scanning resolution should be consistent
between animals and all the measurements at different time
points.
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Chapter 12

A Murine Model of Myocardial Ischemia–Reperfusion Injury

Zhaobin Xu, Kevin E. McElhanon, Eric X. Beck, and Noah Weisleder

Abstract

Ligation of the left anterior descending (LAD) coronary artery in the mouse heart is a widely used model to
simulate myocardial infarction and ischemia–reperfusion injury. Here we describe a ligation technique
routinely performed in our laboratory to induce myocardial infarction that may be used to study ische-
mia–reperfusion injury in the myocardium. The methods described enhance location of the LAD coronary
artery to allow for accurate ligation, thus increasing reproducibility of infarct size and location.

Key words Myocardial ischemia–reperfusion, Left anterior descending coronary artery, Myocardial
infarction, LAD ligation, Permanent ligation

1 Introduction

Coronary heart disease, despite a steady decline in the rate of
deaths, is responsible for 1 of every 6 deaths in the USA [1]. This
fact illustrates the importance of animal models of myocardial
infarction (MI) and ischemia/reperfusion (I/R) injury to facilitate
our understanding of the pathophysiology underlying myocardial
damage resulting from coronary heart disease [2]. The ligation of
coronary arteries has long been utilized to understand changes in
the electrophysiology and cardiac function in large animal models
[3–6], however, advances in the field of transgenic mouse models
offer the opportunity for deeper exploration of cardiac pathophysi-
ology at the molecular level. Ligation of the left anterior descend-
ing (LAD) coronary artery in a murine model to simulate the
ischemic events associated with MI was established in 1995 by
Michael et al. [7]. Early surgical techniques of LAD ligation in
mice necessitated major invasive dissection of the thoracic cavity
resulting in complications during surgery [8] and difficulty in
accurate placement of the LAD ligature compromising reproduc-
ibility [9, 10].
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The methods described in this chapter are adapted from multi-
ple previously described LAD ligation techniques [11–14]. In this
procedure, the mouse is anesthetized under controlled conditions
and placed on a ventilator, remaining so for the duration of the
ischemic period. The thoracic cavity is opened with a 6–8 mm
incision at the level of the third intercostal space and ligation of
the left anterior descending coronary artery is performed. The
chest is temporarily closed for the desired period of ischemia to
prevent dehydration and to maintain a clean surgical site. After the
ischemic period, the thoracic cavity is again opened and the ligation
removed returning normal blood flow to the ischemic myocardium
of the left ventricle. Alternatively, the ligature can remain in place to
create a permanent occlusion of blood flow. The chest cavity is then
sutured and excess air removed from the thoracic cavity by applying
gentle pressure. Once the surgical site is closed, an analgesic is
administered and anesthesia is ceased, however the mouse remains
on the ventilator. Once the mouse begins to exhibit righting reflex
the ventilator may be turned off and the trachea tube removed.

Utilizing our described method, the flow of blood supplying
the myocardium of the left ventricle can be permanently blocked or
the ligature removed to allow blood to reperfuse the previously
ischemic myocardium to model coronary blockage that is later
cleared spontaneously or through medical intervention. Because
this method effectively and reproducibly mimics myocardial infarc-
tion and ischemia-reperfusion injury, it may be utilized in studies of
prophylactic or therapeutic drugs, histological studies of inflamma-
tory cell infiltration and postinfarction tissue remodeling, as well as
molecular responses and protein regulation in the injured heart.
While the described methods are in wide use in the field of cardio-
vascular research, new methodologies with distinct advantages are
gaining acceptance. For example, the technique described by Gao
et al. [15] eliminates the need for intubation and reduces tissue
damage and associated inflammation, leading to increasing use of
this approach. Regardless of the specific surgical approach, the
increasing number of readily available genetically modified mice
means that the murine model of LAD coronary artery ligation
will remain an invaluable surgery for cardiovascular research
[16, 17].

2 Materials

Throughout the surgical procedure it is imperative to maintain a
clean operating field. Standard procedures for animal survival sur-
gery should be observed, including autoclaving all instruments and
surgical supplies before use. Sterile, single-use surgical gloves and
proper gowning of the surgeon should be used during the
procedure.
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2.1 Surgical

Equipment

1. PhysioSuite with RightTemp Homeothermic Warming System
(Kent Scientific).

2. Gooseneck light source (Zeiss).

3. Omano trinocular stereoscope (Microscope.com).

4. SB2 boom stand with universal arm (Micrcoscope.com).

5. Isoflurane anesthesia systems for rodents and small animals
(VetEquip).

6. Medical grade oxygen (Cylinder Gas).

7. MiniVent type 845 respirator (Harvard Apparatus).

2.2 Anesthesia

and Analgesia

1. Isoflurane.

2. Buprenorphine, stock 0.3 mg/mL, dilute with 0.9% sterile
saline to 0.1 mg/mL, administer 100 μL per mouse,
subcutaneously.

3. 0.9% sterile saline.

4. Bupivacaine, local anesthetic for surgical site.

5. Ibuprofen (Motrin).

2.3 Surgical Tools 1. Fine scissors (Fine Science Tools, FST).

2. #5 Dumont forceps (FST).

3. #3 Dumont forceps (FST).

4. Castroviejo microneedle holders (FST).

5. Slim elongated needle holder (FST).

6. Round handled needle holder (FST).

7. Micro locking forceps (FST).

8. Chest retractor (FST).

9. Bulldog clamp (FST).

10. #11 scalpel (B-D Bard Parker).

11. 4-0 silk suture, taper needle (Sharpoint Products).

12. 6-0 silk suture, taper needle (Sharpoint Products).

13. Y connector to tracheal tube, 0.5mm, 1/16 in., (Kent Scientific).

2.4 Miscellaneous

Sterile Supplies

1. Betadine Surgical Scrub (Purdue Products).

2. 70% ethanol (Fisher Scientific).

3. Laboratory or surgical tape (Fisher Scientific).

4. Sterile gauze pads (Fisher Scientific).

5. Sterile surgical drape (Fisher Scientific).

6. Single use sterile surgical gloves.

7. Angiocatheter, 20 gauge, used as an intubation tube (Henry
Schein).
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3 Methods

3.1 Preparation

for Surgery

1. At least 12 h prior to the initiation of surgical procedures the
animal’s drinking water should be supplemented with 0.2 mg/
mL Ibuprofen (resulting in a dose of 30 mg/kg) to allow for
prophylactic prevention of pain and distress in animals.

2. Prepare the surgical surface by covering with sterile drape (see
Note 1). Use tape to secure a loop of 4-0 silk suture to the
surgical surface near where the head of the mouse will be placed
so that when the mouse is positioned for intubation the loop of
4-0 suture can be placed around the upper incisors of the
mouse.

3.2 Shaving

and Anesthesia (This

Procedure Assumes

Isoflurane as an

Anesthetic. A

Ventilator Is Still

Required If Using

Ketamine/Xylazine or

Other Anesthesia.)

1. The incision sites on the mouse’s chest and neck should be
shaved using an electric hair shaver at a site away from the
surgical surface to maintain a sterile field. Remove any remain-
ing loose hair by wiping or briefly vacuuming.

2. Initial anesthesia is induced by placing the mouse into an
induction chamber filled with 5% isoflurane and 0.4 L/min
oxygen. The mouse remains in the chamber until there is a
clear loss of its righting reflex. The tail will also lose tone.

3. Transfer the mouse to the surgery surface so that the mouse is
on the homeothermic heating pad in a supine position with its
head facing the surgeon.

4. Apply a nose cone that supplies 2% isoflurane, 0.4 L/min
oxygen to maintain anesthesia. Deep anesthesia must be
accomplished before continuing with the surgery, which can
be tested by checking for a response to a toe pinch. In order to
produce deep anesthesia the levels of isoflurane provided
through the nose cone may be adjusted as needed (seeNote 2).

3.3 Positioning

of Mouse for Surgery

1. Secure the mouse incisors with the suture loop from above
(Subheading 3.1, step 2) so that the mouth is pulled slightly
open to allow for subsequent intubation.

2. Pull the tail of the mouse until the body is straight and then
secure the tail to the surgical surface with tape. The mouse
body should be taut, however, avoid stretching.

3. The forelimbs can be spread out and attached to the surgical
surface with tape. Again, avoid overstretching the limbs as
pulling on the thorax can have effects on respiration during
the remainder of the surgery.

4. Turn on the homeothermic heating pad. This will help to
maintain the body temperature of the mouse throughout the
surgery.
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3.4 Endotracheal

Intubation

1. Prepare a 20-gauge angiocatheter for use as an intubation tube
by removing the inner needle.

2. Prepare the shaved neck for a surgical incision by three scrub
cycles. Each cycle includes first swabbing with betadine and
then cleaning the site with 70% ethanol.

3. Inject bupivacaine (50 μL of 0.1% stock) intradermally at the
incision site to provide local analgesic.

4. Expose the trachea and thyroid gland by making a 0.5 cm long
incision through the skin layer.

5. Visualize the trachea under the sternohyoideus muscle by care-
fully separating the lobes of the thyroid gland at the isthmus.

6. Use blunt forceps to move the tongue up toward the lower jaw
and to one side with one hand and then insert the 20-gauge
angiocatheter into the mouth using the other hand.

7. Gently insert the 20-gauge angiocatheter into the trachea while
observing it through the incision. If the angiocatheter cannot
be observed entering the trachea it has been inserted into the
esophagus. In this case the angiocatheter should be removed
and the procedure repeated (see Notes 3 and 4).

3.5 Maintenance

of Ventilation

1. Ventilation of the mouse is maintained by the MiniVent TYPE
845 (Harvard Apparatus) using room air supplemented by
isoflurane.

2. For a 25 g mouse a tidal volume of approximately 260 μL/
stroke can be used. The tidal volume should be adjusted
according to body weight, with higher body weights requiring
an increased tidal volume. Generally, a ventilation rate of
110 strokes/min is sufficient.

3. To confirm that the angiocatheter is properly inserted into the
trachea and proper ventilation is achieved, it is necessary to
observe symmetrical expansion of the thorax. Uniform bilateral
chest expansion indicates that the angiocatheter is properly
inserted.

3.6 Thoracotomy 1. Reposition the mouse for the thoracic incision by removing the
tape on the tail and left forelimb and then turning the mouse
into a right lateral decubitus position. Once the mouse is
turned the limbs and tail can be taped to the surgical surface
once again, taking care not to overstretch the limbs and pull
excessively on the thorax.

2. Prepare the surgical incision site by three scrub cycles. Each
cycle includes first swabbing with betadine and then cleaning
the site with 70% ethanol.

3. Inject bupivacaine (50 μL of 0.1% stock) intradermally at the
incision site.
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4. Make an oblique 1 cm incision approximately 2 mm away from
the left sternal border and approximately 1–2 mm toward the
junction of the left front leg with the body (see Note 5).

5. Establish the position of the superficial thoracic vein at the
lateral corner of the incision.

6. Avoid the superficial thoracic vein when making the incision
through the layers of muscle on the thorax (see Note 6). This
incision exposes the ribs.

7. Use scissors to make a small (6–8 mm) incision into the thorax
cavity at the third intercostal space approximately 2–3mm from
the left sternal border (see Note 7), being careful to avoid any
contact with the lungs.

8. Spread the incision by inserting the chest retractors and then
gently apply pressure until the incision opens to approximately
8–10 mm in width, which should expose the heart and lungs.

9. Use a pair of curved forceps to gently lift and then separate the
pericardium. The separated edges of the pericardium can be
gently inserted into the retractor with the curved and straight
forceps by placing the edges into the retractor to remove them
from the surgical field.

10. Identify the LAD coronary artery on the surface of the heart. It
appears as a thin red line within the myocardial wall originating
from the left main coronary artery running perpendicular from
the left atrium and longitudinally toward the apex of the heart.
A direct, focused light on the area may assist in identification.

3.7 LAD Ligation 1. Locate the position on the LAD to be ligated. The usual
ligation site is 1–2 mm below the left auricle, a position
where the ligature will produce ischemia in roughly 40–50%
of the left ventricle. A more distal ligation site will produce a
smaller infarct zone.

2. Once the ligation site has been determined, gently press the
artery with the curved forceps slightly distal to the subsequent
ligation point to trap blood and temporarily enlarge the LAD.
This maneuver can be repeated to assist in identification of
the LAD.

3. Under the dissecting microscope, use a tapered needle to pass a
6-0 silk ligature through the myocardial wall muscle under-
neath the LAD (see Note 8).

4. Tie the 6-0 silk ligature with a loose double knot that has a
2–3 mm diameter loop.

5. Insert a 2–3 mm long piece of PE-10 tubing into the loop
parallel to the artery. Proper positioning of the tubing can
require several attempts.
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6. Gently tighten the loop of the 6-0 silk ligature until it is tight
around the artery and tubing then secure the ligature in place
with a slipknot. Excessive pressure when tightening the ligature
can damage the myocardial wall.

7. Confirm the cessation of blood flow through the LAD by
observing a color change in the anterior wall of the left ventri-
cle. Occlusion of the LAD causes it to become a paler color
because of the reduced blood perfusion. If permanent ligation
of the LAD is required, remove the PE-10 tubing and the
remainder of the procedure can be resumed at Subheading 3.9.

8. Remove the retractors from the incision and then inflate the
lungs by blocking the ventilator outflow for 1–2 s. The mouse
remains on the ventilator for the duration of the LAD
occlusion.

9. Close the incision temporarily with a bulldog clamp during the
ischemic period. The length of time for this ischemic period
depends on the particular experimental design, but is usually
between 20 and 60 min.

3.8 Reperfusion 1. Remove the bulldog clamp once the ischemic period ends and
insert the retractors to open the incision and expose the tho-
racic cavity.

2. Untie the slipknot in the 6-0 silk ligature and then remove the
PE-10 tubing. This should allow reperfusion of the ischemic
tissue, which can be confirmed by a color change back to the
normal red color of the left ventricle within 20 s.

If analysis of the infarct zone by triphenyl tetrazolium chloride
(TTC) and/or phthalo blue staining (to identify the at risk zone)
will be performed after the reperfusion period the 6-0 silk ligature
should be loosened but left in place. Otherwise, the 6-0 ligature can
now be removed.

3.9 Closure

of Incision

1. Remove the retractors and close the thorax incision by suturing
together the third and fourth ribs with a single 4-0 silk suture
using care to avoid touching the lungs (see Note 9).

2. Use 4-0 silk as a continuous suture to separately close the
muscle and skin layers.

3. Cease the flow of isoflurane while maintaining the flow of room
air at 0.4 L/min.

3.10 Posto-

perative Care

1. Monitor the mouse for signs of recovery from anesthesia,
including movement of the tail or whiskers (see Note 2)
which will be followed by attempts at spontaneous respiration.
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2. Once the mouse resumes a normal breathing pattern, extubate
the mouse by removing the angiocatheter slowly to avoid
aspiration into the lungs.

3. Allow the mouse to recover for an additional 3–5 min to
confirm that the mouse is not experiencing respiratory distress.

4. Once the mouse begins to breathe on its own, inject 100 μL of
0.1 mg/mL buprenorphine subcutaneously. The mouse
should be monitored post-op and an injection of buprenor-
phine should be provided every 6–12 h over the next 72 h.

5. Ibuprofen is also provided in the drinking water as a 0.2 mg/
mL solution for additional pain relief for up to a maximum of
7 days after surgery.

6. Consult with local veterinary staff to minimize pain and distress
of animals that undergo survival surgery. Local regulations can
vary in the methods that must be used.

4 Notes

1. A small piece of Styrofoam can serve as a disposable surgical
platform. However, it is important to assure that clean, sterile
surgical surfaces are used. Sterile drapes are very useful for
maintaining a sterile field.

2. Care must be used to avoid anesthetic overdose, which can be
accomplished by precise control of the isoflurane concentra-
tion. It is important to follow general anesthesia procedures for
laboratory mice during this surgical procedure and check the
depth of anesthesia as described.

3. This procedure may induce respiratory distress so it must be
performed both quickly and gently. Proper insertion of the
angiocatheter into the trachea involves pointing the tip of the
tube up as it enters the throat which will help to avoid insertion
into the esophagus.

4. If the surgeon prefers that the angiocatheter is more rigid
during intubation the angiocatheter can be prepared by initially
removing the needle from the angiocatheter and then cut off
the sharp bevel. The blunted needle can be reinserted into the
angiocatheter before intubation and then remove the needle
after intubation.

5. It is important to avoid approaching the sternal border too
closely as the internal thoracic artery runs along the sternal
border inside the thoracic cavity and can be easily damaged.
Damaging the artery will induce extensive bleeding that can be
difficult to control.
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6. In the event that the superficial thoracic vein is damaged,
cautery is usually the most effective way to restore hemostasis.
Damaging this vein will produce bleeding; however this is not
usually extensive or life-threatening and can be controlled
using sterile cotton applicators.

7. The third intercostal space is the space between the third and
fourth rib where the lowest part of the lung is observed.

8. When running the ligature under the LAD the insertion of the
needle should be shallow since it is important to avoid entering
the chamber of the left ventricle. At the same time, the ligation
must not be too superficial as the ligature may cut through the
wall of myocardium.

9. When tying the knot you should apply slight pressure to the
thorax with the needle holder to push air out of the thorax to
minimize the volume of air in the chest cavity and reduce the
chance of pneumothorax.
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Chapter 13

A Rat Model of Perinatal Seizures Provoked
by Global Hypoxia

Jason A. Justice and Russell M. Sanchez

Abstract

Hypoxic–ischemic encephalopathy (HIE) refers to acute brain injury that results from perinatal asphyxia.
HIE is a major cause of neonatal seizures, and outcomes can range from apparent recovery to severe
cognitive impairment, cerebral palsy, and epilepsy. Acute partial seizures frequently aid in indicating the
severity and localization of brain injury. However, evidence also suggests that the occurrence of seizures
further increases the likelihood of epilepsy in later life regardless of the severity of the initial injury. Here, we
describe a neonatal rat model of seizure-provoking mild hypoxia without overt brain injury that has been
used to investigate potential epileptogenic effects of hypoxia-associated seizures alone on neonatal brain
development. Clinically, HIE is defined by brain injury, and thus, this model is not intended to mimic
clinical HIE. Rather, its utility is in providing a model to understand the dynamic and long-term regulation
of brain function and how this can be perturbed by early life seizures that are provoked by a commonly
encountered pathophysiological trigger. Additionally, the model allows the study of brain pathophysiology
without the potential confound of variable neuroanatomical changes that are reactive to widespread cell
death.

Key words Hypoxia, Ischemia, Seizure, Epilepsy, Rat, Encephalopathy, Neonate

1 Introduction

Animal models of disease or disease pathophysiology have been
invaluable to the advancement of medicine. The goals of specific
models can be the artificial creation of a disease-mimicking state to
study later stage processes or the induction of pathogenic processes
to study how these generate the disease state. In this chapter, we
describe a simple model in which transient global hypoxia in neo-
natal rat results in the occurrence of spontaneous seizures and
modifies brain development in ways that could promote the patho-
genesis of epilepsy without causing neuroanatomical injury.

Hypoxic–ischemic encephalopathy (HIE) refers to brain injury
that occurs due to transient cerebral ischemia or hypoxemia during
the perinatal period. HIE is a leading cause of neonatal seizures,
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and can result in severe cognitive impairment, cerebral palsy, and
epilepsy [1, 2]. Multiple animal models have been designed to
mimic HIE to investigate injury mechanisms and the consequent
pathology, or to test potential therapies [3]. For example, unilateral
carotid artery ligation combined with global hypoxia in neonatal rat
has been shown to provoke acute seizures and generate a reproduc-
ible infarct, and many of these animals develop epilepsy in later life
[4]. Themodel described herein uses global hypoxia alone and does
not produce an acute brain injury, yet also results in spontaneous
seizures acutely and in later life [5]. Given the lack of anatomical
injury, it is not intended to mimic clinical HIE. Rather its utility is
in investigating the potential epileptogenic pathophysiological reg-
ulation of brain function in the absence of changes that are purely
reactive to brain tissue loss.

Global hypoxia in postnatal day (P) 10 rat pups without experi-
mental ischemia was reported by Jensen et al. [6] to provoke acute
seizures and result in increased seizure propensity into adulthood.
Notably, the acute ictogenic effect of hypoxia waned in pups at
younger or older ages, mimicking an age-dependence observed
clinically. Recently, continuous video-EEG monitoring has shown
also that previously hypoxia-treated animals exhibited spontaneous
recurrent seizures of increasing frequency within several weeks to
6 months after hypoxia [5]. Unlike those treated with ischemia by
arterial occlusion, these animals became epileptic without evidence
of neuroanatomical injury [7]. Furthermore, consequent modifica-
tions to hippocampal function can be observed in acute brain slices
[8], allowing in vitro study of synaptic and network function. Thus,
although this model does not precisely reproduce clinical HIE, it is
often chosen to investigate how early life seizures with hypoxia can
alter brain maturation to generate an epilepsy-prone state in the
absence of anatomical injury.

2 Materials

1. Hypoxia Chamber (KE-25, Kent Scientific).

2. Oxygen Sensor.

3. Transducer (model TRN005, Kent Scientific).

4. Heating pad.

5. Video equipment (visual record of behavioral seizures).

6. EEG device (optional).

7. Rodent probe.
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3 Methods

3.1 Preparation

Before Experiment

Rat pups aged P10 are used as this age exhibits heightened seizure
susceptibility (see Notes 3 and 8). Each animal is first weighed to
ensure that they are appropriate weight for their age. Rectal tem-
perature is measured using a standard small rodent probe (lubri-
cated with glycerol) and thermometer before placing each animal in
a chamber (see Note 1). Untreated animals should be handled
identically to hypoxia-treated animals to control for potential
effects of handling or maternal separation stress. Our approach is
to use two chambers side by side, and to place a control animal in
one chamber with the lid remaining off during the period of
hypoxia treatment of the other animal. Both animals are returned
to the dam together after hypoxia treatment.

3.2 Hypoxia

Treatment

Animals are allowed to move freely within the chamber (or within a
cage placed in the chamber). After closing the chamber lid, the
valve on the nitrogen tank is opened to allow N2 infusion to bring
the O2 concentration down to 7–9% within 20–30 s, and then
gradually (so as not to overshoot) to 6–7% at which point a timer
is started (seeNote 4). The O2 concentration is maintained at 6–7%
for 4 min, and then lowered to 5–6% for 8 min. At this point (after
12 min total), the O2 concentration is lowered by 1% per minute
until the animal has become apneic for 30 s. Apnea is thought to be
a reliable indicator of the magnitude of cerebral hypoxia, and thus,
30 s of apnea is used to ensure that each animal reaches the same
depth of hypoxia. After 30 s of apnea, the chamber lid is opened to
reintroduce the animal to room air (see Note 2).

3.3 Identification

of Seizures

Rat pups will typically begin to exhibit behavioral signs of EEG
abnormalities within 1–2 min. These begin with the appearance of
myoclonic jerks that are characterized by sudden brief jerks of the
whole body (see Note 5). Tonic–clonic seizures begin typically
within 2–6 min and are correlated with electrographic seizures.
These are characterized by the brief appearance of forelimb tonic
extension followed by clonic side-to-side rapid head movement
that lasts 10–60 s. This pattern will repeat throughout the duration
of hypoxia prior to apnea with quite periods of no movement in
between. An observer counts the numbers of tonic–clonic seizures
as a measure of the severity of seizures. At the end of hypoxia
treatment, rectal temperature is again measured (see Note 6).
Each animal is earmarked for identification and returned to the
dam (see Note 7).
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4 Notes

1. Core temperatures that fall too far below physiological temper-
ature can inhibit seizure activity. Conversely, hyperthermia can
exacerbate seizures and even induce seizures without hypoxia
in P10 rats [9].

2. The behavioral seizure phenotype has been shown clearly to
indicate underlying electrographic seizures during hypoxia
treatment. However, it is possible that subclinical EEG seizures
could go undetected by relying solely on observations of
behavior. For this reason, we exclude from analyses the small
number of animals that did not exhibit tonic–clonic seizures.

3. It is possible that small differences in the optimal age exist
between different rat strains, but this has not been studied.
Similarly, possible gender differences have yet to be examined
(we have used only males in our studies).

4. Often, animals will not exhibit seizures and may even become
apneic in the first 1–2 min if the O2 concentration is lowered
too rapidly below 7%. The natural inclination is to increase
hypoxia severity if no seizures are observed, but decreasing
the rate of O2 decrease is typically more effective when
troubleshooting.

5. Individual myoclonic jerks are not always distinguishable from
voluntary movements, as the animal may appear to jump. Only
the tonic–clonic seizures (number and duration) are used to
quantify the severity of seizures.

6. It is not uncommon for rectal temperature to drop between
1 and 2 degrees C during the hypoxia treatment. If it drops
more than 2 degrees C, care should be taken to recalibrate the
heating apparatus.

7. Seizures are also observed after return to room air, and can
recur with decreasing frequency over 1–2 days.

8. Of note, this hypoxia protocol produces acute seizures in rats of
different strains (with some potential variability in optimal
age), but has not been observed to provoke seizures in mice.
Our unpublished observations were that C57/Bl6 mouse pups
exhibited recurrent forelimb tonus without clonic seizures dur-
ing hypoxia treatment, and only exhibited repeated clonic sei-
zures after return to room air. A modified protocol for mice
that used alternating cycles from 5 to 7% hypoxia to 9% hypoxia
over a 40-min period successfully provoked behavioral seizures
[10] (It was not clear whether the seizures occurred during the
lighter or deeper periods of hypoxia.).
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Chapter 14

Experimental Protocol for Cecal Ligation and Puncture
Model of Polymicrobial Sepsis and Assessment of Vascular
Functions in Mice

Santosh Kumar Mishra and Soumen Choudhury

Abstract

Sepsis is the systemic inflammatory response syndrome that occurs during infection and is exacerbated by
the inappropriate immune response encountered by the affected individual. Despite extensive research,
sepsis in humans is one of the biggest challenges for clinicians. The high mortality rate in sepsis is primarily
due to hypoperfusion-induced multiorgan dysfunctions, resulting from a marked decrease in peripheral
resistance. Vascular dysfunctions are further aggravated by sepsis-induced impairment in myocardial con-
tractility. Circulatory failure in sepsis is characterized by refractory hypotension and vascular hyporeactivity
(vasoplegia) to clinically used vasoconstrictors. To investigate the complex pathophysiology of sepsis and its
associated multiple organ dysfunction, several animal models have been developed. However, cecal ligation
and puncture (CLP) model of murine sepsis is still considered as ‘gold standard’ in sepsis research. In this
protocol we have described the standard surgical procedure to induce polymicrobial sepsis by cecal ligation
and puncture. Further, we have described the protocol to study the molecular mechanisms underlying
vascular dysfunctions in sepsis.

Key words Cecal ligation and puncture, Polymicrobial sepsis, Vascular reactivity

1 Introduction

Despite decades of research, treating sepsis and its associated mul-
tiple organ dysfunctions remains a challenge for the clinician at
intensive care units. In USA, sepsis ranks tenth leading cause of
death with mortality rates varying between 30% and 70% among
ICU patients [1–3]. In Indian context, hospital mortality and
28 days mortality of severe sepsis were found to be 65.2% and
64.6%, respectively, within the period between June 2006 and
June 2009 [4]. Since sepsis continues to be a substantial burden
on healthcare, proper understanding of its complex pathophysiol-
ogy needs to be explored to identify novel therapeutic targets and
effective treatment strategy to combat this fatal condition.
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Due to the overlapping and multiple pathophysiology, use of
suitable animal model which can reproduce the clinical conditions
of sepsis has become an utmost importance in biomedical research.
Several animal models replicate the clinical signs and laboratory
findings commonly observed in animal and human sepsis. Such
models include intravascular infusion of endotoxin [5] or live bac-
teria [6], bacterial peritonitis [7], cecal ligation and puncture [8],
soft tissue infection [9], pneumonia model [10], and meningitis
model [11]. In spite of evidences that endotoxin plays an important
role in the pathogenesis of sepsis, several authors have expressed
their concerns that the infusion of endotoxin is not a suitable model
to study sepsis [12]. Cecal ligation and puncture (CLP) model is
characterized by increased cardiac output and organ blood flow in
early stage (i.e., hyperdynamic phase, 6 h after onset of sepsis [13];
and decreased tissue perfusion at the late stage (hypodynamic phase
18 h after onset of sepsis [14]. In this model, sepsis develops due to
peritoneal contamination with mixed flora (anaerobic to faculta-
tively to aerobic, gram-positive and gram-negative organisms) in
the presence of devitalized or ischemic/necrotic tissue and thus
bears an obvious resemblance to clinical reality. Furthermore, simi-
lar metabolic, immunological and apoptotic responses are observed
in the CLPmodel as in human disease, strengthening the validity of
this model [15–17]. In certain experimental conditions, researchers
have modified the standard CLP procedure by conducting laparot-
omy after CLP and excising the necrotic cecum followed by perito-
neal washing. Better outcome on survival time, under this
condition, depends on the time period at which cecal resection is
done; earlier the resection better is the survival [18, 19]. Another
intervention is colon ascendens stent peritonitis (CASP) model
where instead of puncturing cecum, a stent is introduced in the
ascending colon distal to the ileocecal valve [20] to induce poly-
microbial sepsis.

The inability of the circulatory system to provide adequate blood
supply and hence oxygen and nutrient delivery to the tissues is
considered as the main contributor to the progressive organ failure.
The late, hypodynamic phase of sepsis is associated with the develop-
ment of immunocompromised state in host [21]. Accumulating
evidences suggest that decreased vascular responsiveness to vasopres-
sors, a condition referred to as ‘vasoplegia’ [22] appears to be the
alarming clinical sign in hypodynamic phase of sepsis. This vascular
hyporeactivity appears to be directly or indirectly (via activation of
the soluble guanylate cyclase enzyme) mediated by nitric oxide
[23, 24], which is produced in large amounts during sepsis, mainly
by the inducible isoform of the nitric oxide synthase (iNOS) enzyme.
High level of G-protein receptor kinase-2 (GRK-2) expression in
septic mouse aorta by nitric oxide to induce adrenoceptor desensiti-
zation is considered to be another possible mechanism contributing
to cardiovascular hyporesponsiveness in septic shock [25]. However,

162 Santosh Kumar Mishra and Soumen Choudhury



the mechanism underlying this vascular hyporesponsiveness is yet to
be fully explored. Here in this context, we have described the proce-
dure to induce polymicrobial sepsis using cecal ligation and puncture
model in mice and experimental protocols to assess the vascular
dysfunctions due to sepsis.

2 Materials Required for Induction of Sepsis

1. Swiss albino mice.

2. Xylazine (10–15 mg/kg body weight; i.p.).

3. Ketamine (80–100 mg/kg body weight; i.p.).

4. Sterile saline solution (0.9% w/v).

5. 70% ethanol.

6. Razor blades or electric trimmer.

7. 21 G needles and black-braided silk suture (4-0).

8. Surgical instruments: scalpel, dissection scissor, straight surgi-
cal scissor, sterile surgical needle both straight and curved
(22–27 G), needle holder.

9. Platform for animal surgery.

10. Water heated thermal blanket.

11. Syringes (1 mL), face mask, sterile gloves, and surgical gown.

3 Surgical Procedure

1. All the surgical maneuvers should be approved by the national
and institutional ethical committee.

2. Anesthetize the mice with a combination of xylazine (10 mg/kg
body weight, i.p.) and ketamine (80 mg/kg body weight, i.p.).
With the availability of anesthetic chamber, inhalant anesthetic like
isoflurane can be used as an alternative. Absence of reflex response
to foot squeezing is an indication of adequate anesthesia.

3. Shave the lower half of the abdomen with the razor blades or
electric trimmer without damaging underlining skin. Disinfect
the shaved area of skin with 70% ethanol and place the animal
on a platform for surgery (see Fig. 1a).

4. With the help of scalpel, make a midline incision (1.5–2 cm)
over the skin without directly penetrating the peritoneal cavity.
Using small scissor, extend the initial incision. Identify the
midline white fascia (linea alba) of abdominal musculature
and make another incision (~1 cm) over the abdominal muscle
to get access to the peritoneal cavity (see Fig. 1b). Care must be
taken not to damage the lower small bowel while giving inci-
sion over the abdominal muscle.
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Fig. 1 Surgical procedures depicting induction of sepsis by cecal ligation and puncture. (a) Shaving and
disinfecting the abdominal area (step 3). (b) Midline incision through skin (step 4). (c) Exteriorization of cecum
(step 5). Note that after giving midline incision, cecum can be located mostly at left lower half of the abdominal
cavity. (d) Ligation of the cecum (step 6). Note that site of the ligation is one of the major determinants of the
severity of sepsis. (e) “Through and through” puncturing of cecum at the midway between ligation point and
distal end of the cecum (step 7). We used to puncture the cecum twice with 21 G needle for induction of
sepsis. (f) Extrusion of fecal material from the punctured hole to check the patency (step 7). Note that the
amount of the extruded fecal material should be standardized to ensure consistency. (g) Closure of the
peritoneum and abdominal muscle by simple running suture (step 9). (h) Closure of the skin by applying
interrupted suture (step 9). (i) Subcutaneous injection of sterile saline (0.9% w/v)
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5. With the help of a blunt scissors isolate the cecum and exteri-
orize it leaving the other parts of bowel (small and large) inside
the peritoneal cavity. In most of the cases, the cecum is located
at the left side of the abdomen (see Fig. 1c). Extensive care has
to be taken not to damage cecal and mesenteric blood vessels to
avoid severe bleeding complications.

6. Using 3-0 silk thread ligate the cecum at desired position
depending upon the severity of sepsis induction as per the
experimental design (see Fig. 1d). To prevent the obstruction
of intestinal continuity, ligation should be placed below the
ileocecal junction of mouse intestine.

The location of ligation or length of the ligated cecum (i.e.,
distance between distal end of cecum and ligated point) deter-
mines the severity of sepsis in this model. A ratio of 50:50
between the ligated cecum and distance from ligation point
to base of the cecum results in mid-grade (40% survival rate)
sepsis while 75:25 ratio gives rise to high grade (100% mortal-
ity) sepsis [26].

For the sham control procedure, replace the exteriorized
cecum back into the abdominal cavity without doing ligation
and puncture of the cecum. This set of animal is kept to ensure
the proper aseptic surgery without causing undesired stress to
the animals during the operating procedure as there should be
no mortality in sham control mice.

7. Gently push the fecal material toward the distal part of cecum
to uniformly distribute the cecal content and gently aspirate the
trapped gas or air, if any. With the help of a sterile 21 G needle,
puncture the cecum twice through and through at the midway
between ligation and tip of the cecum (Fig. 1e). Care must be
taken not to damage any blood vessels to avoid excess bleeding.
Gently push a little amount of fecal materials through the hole
at both the sides of puncture without damaging the wall of
cecum. This is done to check the patency of the punctured hole
(Fig. 1f). But remember that the amount of extruded cecal
materials should be same for all the animals used during the
experiment to ensure consistency.

8. Replace the ligated and punctured cecum back into the abdom-
inal cavity. In case any fecal material is spread over the surgical
wound over the skin, remove it with the help of sterile clean
cloth or cotton swab.

9. Close the peritoneum and abdominal muscle layer by applying
simple running suture while simple interrupted suture is used
to close the skin wound (see Fig. 1g, h).

10. Resuscitate the operated mice by injecting subcutaneously pre-
warmed (37 �C) sterile 0.9% saline (1 mL/mouse). This helps
to prevent hypovolemia from anesthesia, surgery and
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subsequent shock (see Fig. 1i). Further, this fluid resuscitation
induces hyperdynamic phase of sepsis [8, 27].

In some protocol, to avoid postoperative algesia, a subcutane-
ous injection of buprenorphine (0.05–0.2 mg/kg, every 6 h for at
least 2 days) or tramadol (20 mg/kg) is given. But as these drugs
can suppress respiration and locomotion, they may misinterpret the
signs of sepsis [28, 29]. Further, to avoid the possible interaction of
these drugs with test drugs, this step is omitted in the experimental
protocol followed in our laboratory.

11. Gently place the mouse over its back on the thermal blanket
and monitor until the animal recovers from anesthesia (regain
of righting reflex). Usually the animal recovers from anesthesia
within 30 min–1 h. Thereafter return the animal to a clean cage
kept in a thermostatically controlled (22 �C) room under
12:12 h dark–light cycle. Provide free access to food and
water and closely monitor the animal every half an hour for at
least 2–3 h and thereafter at every 6 h.

3.1 Critical Points

to Be Noted

Following points need to be kept in mind while performing cecal
ligation and puncture model of sepsis as these have serious impact
on the outcome of sepsis and the operating procedure.

1. The operating procedure for induction of sepsis should be
carried out at same time point of the day as circadian cycle
influences the outcome of inflammatory response [14].

2. Proper aseptic condition should be maintained during the
operating procedure. The complete operating procedure for
each animal can be performed within 10 min by an expert and
experienced investigator.

3. It is to be noted that the ligation length, thickness or size of the
needle, number of punctures determine the mortality rate
[29–31].

4. The investigator needs to standardize the amount of released
fecal material while squeezing the cecum after puncturing with
the needle because it largely affects the mortality rate in CLP
model of sepsis.

5. Excess manipulation of bowel during surgery should be
avoided and proper care should be taken not to cause any
unwanted bleeding which may influence the outcome of sepsis.

6. As mentioned earlier, postoperative fluid resuscitation to the
operated animal should be done.

7. Substantial variability exists among different strains, sex, and
age of the animal in respect to the outcome of sepsis and
associated survival [32–35].
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3.2 Assessment

of Sepsis

The degree of sepsis following surgical procedure can be judged by
evaluating several parameters. The most commonly used are as
follows:

1. Survival time: The survival time following CLP varies with
degree of sepsis.

2. Physical parameters and behavioral signs like body tempera-
ture, presence of conjunctivitis, absence of grooming activities
with resulting ruffled fur, reduced intake of food and water and
lethargic conditions.

3. Bacterial load in blood, peritoneal washes and organs of inter-
est. Bacterial load is expressed as colony forming unit (CFU).

4. Cytokines and chemokines: Estimation of plasma cytokines like
IL-1β, TNF-α, IL-10, and IL-6. Monocyte chemoattractant
protein-1 (MCP-1) and high mobility group B-1 protein
(HMGB1) are, among other, most commonly used parameters
to evaluate the degree of sepsis.

5. Plasma and tissue nitrite level determination.

6. Estimation of serum lactate level: In septic patients and experi-
mental animals, due to increased anaerobic metabolism there is
enhanced deposition of lactate which lowers the pH value of
blood/serum.

7. Determination of myeloperoxidase activity in the affected
organs. It is a lysosomal protein stored in azurophilic granules
of neutrophil. Increased activity of this enzyme is an indication
of excess neutrophil infiltration which is considered to be a
marker of inflammation.

4 Assessment of Vascular Reactivity in Sepsis

As mentioned earlier, sepsis is characterized by initial hyperdynamic
phase followed by late hypodynamic phase. Reactivity of vascular
beds to vasoactive substances thus varies accordingly among differ-
ent stages of sepsis. Significant fall in the mean arterial blood
pressure, impaired tissue perfusion and reduced reactivity of micro-
circulation to endogenous vasoconstrictor are some of the promi-
nent signs of late stage of sepsis. Decreased vascular responsiveness
to commonly used vasopressors (norepinephrine, vasopressin) in
septic patient is considered to be one of the major causes of cardio-
vascular complications and circulatory failure. Nor-epinephrine acts
via activation of alpha1-adrenergic receptors in vascular beds to
induce vasoconstriction. Among different subtypes (α1A, α1B and
α1D), α1D adrenergic receptor subtype is most abundantly present
[36, 37] and contributes to the vasoconstrictor response [38, 39]
in mouse aorta. Thus dysfunction of this receptor subtype in
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vascular beds is considered to be one of the underlying mechanisms
of vascular hyporeactivity in sepsis [40]. Here we describe the
methods to be employed to assess the vascular reactivity in sepsis
and to identify the molecular mechanisms responsible for vascular
hyporeactivity.

4.1 Measurement

of Blood Pressure

to Determine Vascular

Reactivity In Vivo

Blood pressure (BP) in laboratory animals can be recorded by three
different methods viz. (a) tail cuff method (noninvasive), (b) intra-
arterial catheters (invasive), and (c) radiotelemetry. Among these
techniques, invasive blood pressure (IBP) monitoring is considered
to be the gold standard method to evaluate the effect of different
agonists and antagonists on blood pressure and to correlate with
the vascular reactivity. The indirect or noninvasive blood pressure
(NIBP) technique is most commonly used to screen the antihyper-
tensive property of a drug given for a prolonged period. The major
advantages of this technique are (1) it does not require surgery and
can be used to obtain repeated measurement of systolic BP in
conscious animals (2) it can be used among large numbers of
animals to screen for systolic hypertension or substantial differences
in systolic BP. However, as documented by Reddy and coworkers
[41], tail cuff method is not suitable for measurement of diastolic
BP. Further, the animals need to be trained well enough before
recording, as parameters like BP and heart rate are significantly
altered by the restrain stress [42]. On the other hand, direct
method of blood pressure measurement (intra-arterial catheters
or telemetry), though requires surgery, yields the most precise
values and is able to quantify the relationship between BP and
other variables (target organ damage, diet, genotype, etc.). This
method has the advantage of constructing dose–response curves to
vasoactive agonists such as norepinephrine, phenylephrine, and
vasopressin that cause rise in blood pressure when administered
intravenously. Although isoflurane is considered as preferable anes-
thetic for hemodynamic analysis in cardiac disorder model, pento-
barbitone, among the injectable anesthetics, produces a less adverse
effect on heart rate of mouse [43]. We used invasive technique for
determining mean arterial pressure in septic animals for assessment
of vascular responsiveness.

Protocol for Invasive Blood Pressure Recording in Rats

4.1.1 Materials Required 1. Swiss albino mice.

2. Drugs: heparin (5 IU/mL), norepinephrine (1 mg/mL), nor-
mal saline (0.9% w/v), pentobarbital sodium (60 mg/kg body
weight; i.p.).

3. Surgical instruments: fine scissors, micro forceps, intravenous
cannula made up of polypropylene tube (Cat no. SP0109;
ADInstruments, Australia).
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4. Powerlab physiograph with lab chart pro v7.3.7 software
(ADInstruments, Australia), Pressure transducer (MLT844)
with clip-on BP dome (ADInstruments, Australia) and
sphygmomanometer.

5. Accessories: 1 mL tuberculin syringe, 10 mL syringe, 26 G
needle with blunt end, surgical platform, dissecting stereomi-
croscope (Motic), three-way stopcock, razor blade, adhesive
tape, surgical thread.

4.1.2 Calibration

of Pressure Transducer

Remove the pressure cuff of the sphygmomanometer and connect
the tubing to one end of the three-way stopcock fitted with the
pressure transducer. Finally connect the pressure transducer to the
Powerlab physiograph. Give a known pressure to raise the mercury
level in the sphygmomanometer and record the change in the
voltage (millivolts) shown by pressure transducer. Two point cali-
bration between voltage and pressure thus can be set in the Lab
Chart Pro software and then proceed for the following steps.

4.1.3 Cannulation of Vein 1. Anesthetize the mice with pentobarbital sodium (60 mg/kg,
i.p.). Usually after 15–20 min the animal gets anesthetized.
Check the absence of reflex action as mentioned earlier.

2. Place the animal in dorsoventral position and secure the fore
and hind limbs.

3. For drug administration, either jugular or femoral vein is can-
nulated. However, femoral vein is preferred over jugular vein as
carotid cannulation for determining the mean arterial pressure
is sometimes inconvenient to perform if jugular vein is cannu-
lated. Further, the right leg is preferred for femoral vain
cannulation [44].

For femoral vein cannulation, give an incision over the skin
on right thigh and locate the femoral vein adjacent to femoral
nerve. Put a nick toward head/heart end and introduce the
vein catheter. Flush the cannula with normal saline to prevent
thrombosis [45, 46].

For jugular vein cannulation, shave the neck region and put
an incision to locate the vein below the dermis. Isolate the vein
from surrounding fat and tissue with the help of a blunt for-
ceps. Tie a knot toward cephalic end while put a nick toward
the heart and introduce the catheter and secure the catheter
with the help of a thread [47].

4.1.4 Cannulation

of Carotid Artery

1. Carefully shave the neck region and expose the underlying skin
to separate the muscle by blunt incision. Care should be taken
not to damage any underlying blood vessels to avoid bleeding.

2. Carotid artery (red) along with the vagus nerve (white) on
either side of the trachea can be identified by observing the
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pulsation of the artery. Separate the carotid artery from vagus
nerve and adjacent connective tissue. Care should be taken not
to stimulate the vagus nerve as its stimulation may decrease the
heart rate and increases the risk of various respiratory abnorm-
alities [48, 49].

3. Tie the cephalic end of carotid while toward the cardiac end put
a knot to block the blood flow. It is to be noted that a bulldog
clamp can also be used instead of knot, but as it may damage
the artery, usually we avoid this practice. Put a small nick
between the knots toward the heart with the help of a fine
scissors.

4. Cannulate the carotid artery through the nick using a cannula
prefilled with heparinized normal saline (0.5 IU/mL). Con-
nect the other end of the cannula to a three-way stopcock/
saline filled tuberculin syringe.

5. Tie the cannula inserted in carotid artery with the help of saline
presoaked thread without obstructing the blood flow in the
carotid cannula. After cannulation, slowly release the bulldog
clamp or loosen the knot at the cardiac end. Ensure that there is
no bleeding at the cannulation site. Use some adhesive sub-
stance to fix the cannula and record the basal BP.

One can record ECG along with the BP. Three-lead bipolar
ECG can be used to record the electrocardiograph. For this,
place the positive, negative, and reference electrocardiogram
electrodes at the left forearm, right forearm, and left thigh,
respectively.

4.1.5 Recording Blood

Pressure and Response

of the Drug

1. Allow the whole setup to stabilize for 10–20 min. Record the
baseline blood pressure for 10–15 min. With the help of online
recording option of Lab Chart Pro software, measure the
different parameters like systolic, diastolic pressure, heart rate,
mean arterial pressure etc.

2. To record the dose response to nor-epinephrine (NE), admin-
ister different doses of NE (0.5–4 μg/kg/min) at a total vol-
ume of 0.1 mL each. After each dose of drug administration,
inject 0.1 mL of normal saline through the venous cannula.
Administer the next dose after an interval of 5 min and record
the blood pressure responses to a maximum of four doses of the
agonist per animal.

Usually septic animals exhibit lesser degree of response to
NE compared to sham-operated animals.

4.2 In Vitro Method

for Assessment

of Vascular Reactivity

4.2.1 Materials Required

1. Swiss albino mice.

2. Xylazine (10–15 mg/kg body weight).

3. Ketamine (80–100 mg/kg body weight).

4. Modified Krebs-Henseleit solution (MKHS) with following
composition (mmol/L): 118.0 NaCl, 4.7 KCl, 2.5
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CaCl2 · 2H2O, 1.2 MgSO4 · 7H2O, 1.2 KH2PO4, 11.9
NaHCO3, and 11.1 D-glucose; adjust the pH to 7.4.

5. Norepinephrine (NE), 1400 W, phenylephrine (PE), acetylcho-
line (ACh), sodium nitroprusside (SNP) from Sigma and methyl
5-[2-(5-nitro-2-furyl)vinyl]-2-furoat from Calbiochem.

6. Microscissors, Vannas scissors, dissecting forceps, and iris
forceps.

7. “L”-shaped hooks made from 37 G stainless steel wire.

8. Dissection stereo microscope (Motic).

9. Powerlab polyphysiograph (ADInstruments, Australia); iso-
metric force transducer (ADInstruments, Australia); Labchart
Pro v7.3.7 and Graph pad prism 6 (La Jolla, CA, USA)
software.

10. Two- or four-chambered thermostatically (37 � 0.5 �C) con-
trolled organ bath assembly (Ugo Basile, Italy).

11. Medical gas (74% N2 þ 21% O2 þ 5% CO2) cylinder.

4.2.2 Calibration of Force

Transducer

Before starting the experiments, two-point calibration of the force
transducers need to be done as per the protocol prescribed by the
manufacturer. Usually calibration is performed using a known
weight (e.g., 2 g). Set the sampling rate to 5 s/sample, range to
20 mV with main filter on. After zeroing the all inputs, hang the
known weight (1 or 2 g) to the transducer and record the change in
the voltage. Perform the two-point calibration between the voltage
(millivolts) and tension (g). Now the change in the tension will be
displayed in ‘g’ unit.

4.2.3 Tissue Preparation

and Mechanical Recording

1. Anesthetize the animal under xylazine–ketamine anesthesia.
With the help of a scalpel, make a midline incision on the
abdomen and extend the wound near the xyphoid region
using a blunt scissor. Sacrifice the mice by bleeding from vena
cava. Open the chest and collect the lung and heart en bloc
along with thoracic aorta and immediately place in a Petri dish
containing aerated ice cold (4 �C) MKHS solution.

2. Cut the thoracic aorta immediately below the aortic arch.
Clean off the thoracic aorta from adhering tissues and fats
under dissecting stereomicroscope using Vannas scissors and
dissecting forceps. Carefully cut the thoracic aorta into four to
five rings of 3–4 mm length. For the best results, the dissection
procedure should be done in aerated ice cold MKHS solution.
It is advisable to change the solution in the Petri dishes period-
ically during the isolation procedure. Fresh aortic rings can be
used immediately within an hour of isolation or they can be
stored in MKHS at 4 �C for 18–24 h before use.
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3. Pass two “L”-shaped stainless steel hooks through the aortic
rings in opposite direction under the microscope taking care
not to damage the endothelium. Anchor one end of the tissue
to the glass hook fitted to the thermostatically controlled
(37 � 0.5 �C) organ bath containing modified Krebs–Hense-
leit solution while the other end should be connected to the
isometric force transducer with the help of a stainless steel wire.
The solution should be continuously bubbled with medical gas
(74% N2 þ 21% O2 þ 5% CO2).

4. Apply a passive tension of 1.0 g to the tissue and allow the
arterial rings to equilibrate under this resting tension for
60–80 min. During this equilibration period, the bath fluid
needs to be changed once in every 15 min.

5. Measure the change in tension with the help of high-sensitivity
isometric force transducer connected to Power lab and analyze
the data using LabChart Pro V7.3.7 software program.

6. At the end of the equilibration period, adjust the basal tension
to zero and check the tissue viability by eliciting contraction in
the presence of high K+ (80 mM) depolarizing solution (see
below). A contraction between 0.5 and 1.0 g is considered to be
ideal for further experiments. However, it is to be noted that
aortic rings from CLP mice at hypodynamic stage show lesser
contraction (0.2–0.3 g) in the presence of high K+ solution. On
attaining contraction-plateau, replace the high K+-solution by
normal MKHS and wash the arterial rings for several times with
normal MKHS to restore baseline resting tension.

High K+ (80 mM) solution may be prepared by replacing
equimolar NaCl by KCl. The composition (mmol/L) is as
follows: 43.9 NaCl, 78.8 KCl, 2.5 CaCl2 · 2H2O, 1.2
MgSO4 · 7H2O, 1.2 KH2PO4, 11.9 NaHCO3, and 11.1 glu-
cose; adjust the pH to 7.4.

4.2.4 Assessment

of Vascular Reactivity

1. To assess the vascular reactivity, record the concentration-
dependent (0.1 nM–1 μM) contractile response to nor-
epinephrine (NE) in aortic rings from sham operated (SO) and
septic (CLP) mice. For this, expose the arterial rings to cumula-
tive concentration of NE ranging from 0.1 nM to 10 μM at an
increment of 0.5 log unit. Usually NE produces maximum
contraction (Emax) at 1 μMconcentration, thereafter subsequent
addition of higher concentration exerts decline in the contrac-
tile response. Several reports as well as findings from our
laboratory have documented that when tissue samples are col-
lected at hypodynamic phase of sepsis, arterial rings shows
reduction in maximum contractile response (Emax) compared
to SO mice.
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For the assessment of involvement of iNOS-derived nitric
oxide (NO) in mediating such vascular hyporeactivity in sepsis,
arterial rings may be preincubated with 1400 W (a specific
iNOS inhibitor) for 30 min before recording the cumulative
concentration-response to NE. We have reported that in vitro
preincubation of 1400 W (10 μM) dramatically restored the
vascular hyporeactivity to NE in arterial rings from CLP mice
without affecting the response in SO mice.

Similarly, to study the role of receptor desensitization
mechanism in impairing NE-induced contraction in sepsis,
preincubate the arterial rings with methyl 5-[2-(5-nitro-2-
furyl)vinyl]-2-furoate (a selective inhibitor of GRK-2) for
30 min before recording the concentration-dependent contrac-
tile response to NE. Recently, we have documented that pre-
incubation of arterial rings with GRK-2 inhibitor (1 μM)
partially restored the vascular hyporeactivity to NE in septic
mice [50, 51].

We have reported that this observed vascular hyporeactivity to
NE is well correlated with the down regulation of α1D-adrenocep-
tors in mouse aorta from septic mice [40]. This can be assessed by
measuring the relative expression of α1D mRNA in mouse aorta
using real time RT-PCR. Using immunohistochemical technique,
recently we have provided the evidence for decreased level of recep-
tor protein (α1D adrenoceptor) expression in mouse aorta from
septic mice which is considered to be one of the underlying
mechanisms for vascular hyporeactivity [50].

4.2.5 Assessment

of Endothelial Dysfunction

Acetylcholine (ACh) is most commonly used to study the endothe-
lial integrity of the blood vessels under investigation. By acting
on endothelial muscarinic (M3) receptors, it enhances intracellular
Ca2+ concentration, and the Ca-calmodulin complex subsequently
stimulates endothelial nitric oxide synthase (eNOS) activity to
cause synthesis of NO. Nitric oxide, thus released from endothe-
lium, causes vascular smooth muscle relaxation. Protocol for assess-
ment of endothelial integrity/function is as follows;

1. After equilibration and assuring the tissue viability, precontract
the tissue with phenylephrine. On reaching the steady state
contraction, add ACh (1 nM–10 μM) cumulatively at an incre-
ment of 0.5 log unit. Aortic rings from SO mice usually relax
between 90% and 100% on exposure to ACh. However CLP
mice show merely 50–55% relaxation.

It is to be noted that while comparing the vasodilator
responses of an agonist between sham and septic animals,
matching precontraction level with the contractile agent (e.g.,
in this case phenylephrine) should be obtained. Thus while
recording the vasorelaxant response to either ACh or SNP,
different concentration of phenylephrine (1 and 3 μM) need
to be used to attain matching precontraction level in SO and
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CLP groups, respectively. Different concentrations of phenyl-
ephrine are used because sepsis reduces the maximal response
to the vasoconstrictor agents.

Another point to be noted while doing the experiments to
study the vasodilator response is that agonist-induced precon-
traction should not display slow time-dependent decay. An
ideal concentration–response curve to the vasodilator should
be sigmoid in nature. If it is a linear response, discard the tissue.
Thus it is always advisable to run a time control set while
recording the vasorelaxant response to an agonist.

2. In order to ascertain that impairment in the relaxation response
to ACh mediated by NO is due to endothelial dysfunction in
sepsis, evaluate the vasodilator potency of sodium nitroprusside
(SNP) which is an endothelium-independent nitrovasodilator.
It relaxes vascular smooth muscle through stimulation of sGC
with a consequential increase in tissue cGMP levels. In order to
study the effect of sepsis on NO/cGMP signaling at the vascu-
lar cell level, record the concentration-dependent relaxations to
SNP (0.01 nM–0.1 μM) in arterial rings precontracted with
phenylephrine as mentioned earlier.

Reduced mRNA expression of eNOS and enhanced expres-
sion of iNOS mRNA provides further evidence of endothelial
dysfunction in sepsis. Using commercially available kits or bio-
chemical methods [50], one can estimate eNOS and iNOS-
derived nitric oxide in the form of stable product nitrate to
further strengthen the hypothesis.

4.3 Immuno-

histochemistry

for Alpha1D-

Adrenoceptor

in Mouse Aorta

4.3.1 Materials Required

1. 3-amino propyl triethoxysilane (APES) precoated slide (Silane
Prep Slides, Sigma), Coplin jar, microoven.

2. Xylene, ethanol, citric acid, sodium citrate, formalin, hydrogen
peroxide, methanol, phosphate buffer saline (PBS).

3. DAB kit, Primary and secondary antibodies, Mayer’s hematox-
ylin stain.

4. Microscope, microtome.

4.3.2 Experimental

Protocol

1. Anesthetize the animal by xylazine–ketamine anesthesia. After
proper anesthesia, isolate the thoracic aorta as described previ-
ously (see protocol for in vitro vascular reactivity). For immu-
nohistochemistry experiment, aortic rings should be preserved
in buffered formalin (NaH2PO4 4 g; Na2HPO4 6.5 g; formal-
dehyde (37%) 100 mL; distilled water to 900 mL; adjust the
pH to 6.8–7.0). After proper fixation (after around 1 week),
prepare the transverse tissue section (5 μm thick) on 3-amino
propyl triethoxysilane (APES) precoated slide (Silane Prep
Slides, Sigma). It is advisable to change buffered formalin
once in a week during fixation.
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2. Deparaffinize the tissue sections by keeping the slides in a
coplin jar containing xylene for 5 min. Repeat the process
twice. The slides are then rehydrated in descending grade of
ethanol (100–70%) each for 5 min, followed by washing in
deionized water for 5 min.

3. In the next step antigen retrieval is done by keeping the slides in
antigen retrieval solution (see below) and boiled for 5 min. Care
should be taken that during this boiling process tissue section
should not slough off from the slides. Repeat the process thrice
and allow the slides to cool at room temperature for 30 min.
Wash the slides with deionized water three times for
5 min each.

Antigen retrieval solution can be prepared by mixing
18 mL of citric acid (100 mM) and 82 mL of sodium citrate
(100 mM) to a final volume of 1 L. Adjust the volume with
deionized water. Adjust the pH to 6.0.

4. Arrange the slides in a humid chamber and 3% H2O2 in meth-
anol is poured onto it. Allow equilibration for 20–30 min.
Slides are then washed in 0.1 M PBS (pH—7.4) three times
for 3–5 min each. Wipe the slides with tissue paper to soak
excess water.

5. The sections are then encircled with hydrophobic pen. For
protein blocking pour 5% goat serum protein on the slides
and keep for 1 h.

6. Discard the blocking solution and wash the slides with PBS for
three times. Incubate the tissue section with rabbit anti-mouse
polyclonal antibody against α1D-AR (1:50, Abcam, USA) for
overnight at 4 �C in a moist chamber. Sections are then washed
with 0.1 M PBS (pH 7.4) three times for 3–5 min each.

7. Slides are then washed three times with PBS and sections are
incubated with secondary antibody tagged with HRP (goat
anti-rabbit polyclonal IgG, Enzo Life Sciences, USA) for
30 min at room temperature in moist chamber. Wash the tissue
sections with 0.1 M PBS (pH 7.4) three times for
3–5 min each.

8. After wiping the slides, pour ImmPACT DAB (1 drop in 1 mL
of DAB buffer) (ImmPACT DAB, Peroxidase Substrate Kit,
Vector Lab, USA) and 2.5 μL of H2O2 (in 1 mL of buffer) onto
the slides and keep for 20–30 s. Stop the reaction by keeping
the slides in running water. Slides are then washed with deio-
nized water for 5 min.

9. Counter stain the section with Mayer’s hematoxylin stain for
30–40 s. Rinse the slides with deionized water. Sections are
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then dehydrated in ascending grade of alcohol (50–100%) for
3–5 min each.

10. Clean the slides in xylene for 5 min with two subsequent
washings and mount in DPX. For negative control, slides are
to be treated similarly with normal goat serum. Examine the
tissue sections for protein signals under light microscope
(OLYMPUS, IX51, USA). The density of α1D-AR protein
can be determined at five different areas located in four sections
from each aorta under 20� magnification. The receptor den-
sity in different groups can be measured semiquantitatively by
using ImageJ software (ImageJ, NIH, USA).

4.4 Reverse

Transcriptase Real-

Time PCR (RT-qPCR)

Analysis for Detecting

Vascular Dysfunction

Experimental Protocol

4.4.1 RNA Isolation 1. Isolate the thoracic aorta from mice of different groups in 0.1%
diethyl pyrocarbonate-treated autoclaved PBS. Remove the
adjacent adipose tissues under microscope and store the sam-
ples in RNAlater™ (RNA stabilization solution, Sigma, USA)
at �80 �C or follow the subsequent steps for isolation of RNA.

It is to be noted that while isolating RNA from tissue
samples, proper aseptic measures should be practiced in the
laboratory as RNA is comparatively more unstable than DNA.
Hence, eppendorf tubes, tips and all other plasticware to be
used during RNA isolation should be made RNAase free by
dipping them in diethyl pyrocarbonate (DEPC, 0.1%) for over-
night and then dry and autoclave them before use. As DEPC is
carcinogenic always use sterilized gloves to avoid its contact
with skin. It is advisable to use face mask to avoid contamina-
tion from saliva as it also contains RNAse enzyme. At the final
step of RNA isolation (i.e., while adding DNAase- and
RNAase-free water), use fresh gloves.

2. Several methods for RNA isolation from animal tissues exist.
However, in our laboratory we are isolating the RNA samples
from mouse aorta using commercially available kits. Mini RNA
isolation kit manufactured by IBI Scientific (USA) is an exam-
ple of such kit; however, such kits are also available from many
other manufacturers (Ambion, Invitrogen, Qiagen, Zymo
Research, etc.). Follow the instructions provided by the manu-
facturer to isolate the RNA sample. It is always advisable to
treat RNA samples with RNase-free DNase to avoid contami-
nation with genomic DNA.
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3. Check the purity of the RNA by taking the absorbance at
260 and 280 nm and only samples showing A260/A280 ratio
1.95–2.05 and A260/A230 ratio >1.5 should be used for
cDNA synthesis. One can quantify the RNA in the sample
using the formula: 1OD260 ¼ 40 μg/mL.

4.4.2 cDNA Synthesis We use commercially available kit (Revertaid® First strand cDNA
synthesis kit, Thermo Scientific, USA) for synthesis of cDNA in our
lab. It uses Moloney murine leukemia virus reverse transcriptase
enzyme for amplification of cDNA from RNA. Use the manufac-
turer’s guideline to add the reagents and equal quantity of RNA for
synthesis of cDNA from different samples.

4.4.3 Reverse

Transcriptase Real-Time

PCR (RT-qPCR)

The real-time analysis of gene of interest can be performed either by
doing absolute or relative quantification. We employed relative
quantification of alpha1D adrenoceptor, GRK-2, eNOS, and
iNOS gene expression to assess the molecular mechanisms of
altered vascular reactivity in sepsis using SYBR Green chemistry.
Relative expression of gene of interest can be quantified in relation
to the expression of a housekeeping gene like GAPDH or β-actin
etc. Each sample should be run in triplicate. Prepare PCR master
mix by adding 12.5 μl SYBR Green/ROX master mix (Thermo
Scientific, USA), 1.0 μL from 10 pmol/μL stock solution of each of
the gene-specific forward and reverse primers, and 1 μL of cDNA
(<500 ng/reaction) and adjust the final volume to 25 μL with
RNAse-free water (Table 1). Prepare a nontemplate control
(NTC) which contains all the ingredients of reaction mixture as
stated above except template or cDNA.

Depending on the annealing temperature of the specific primer
pairs, it is always advisable to validate or standardize the primer
pairs and annealing temperature before running real-time PCR.
This can be done by running simple gradient PCR and observing
the specific band by running the PCR product in agarose gel
electrophoresis.

One can design the primer sequence of his own using the gene
information available in NCBI. However, we used the following
primer sequence for analysis of the following genes in mouse
aorta [50]:
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1. Set up the program as per the manufacturer’s instructions.
A typical program is as follows in Table 2:

2. Run the PCR reaction and record theCT value for each sample.

3. Calculate the relative expression using method described by
Pfaffl [52] or Livak [53].

4.5 Representative

Results

Here we describe the effect of sepsis on different parameters. Note
that these results are simply a representative of these parameters.
These may vary among different laboratories and experimental set
up. We have performed CLP in Swiss albino mice. Cecum was
punctured twice through and through with 21 G needle at the
midway between ligated point and distal end of the cecum. As
depicted in Fig. 2, we have observed that the mean survival time
in septic mice (CLP) was 20.00 � 1.66 h (n ¼ 22) while all the
sham-operated (SO) mice survived during the 72 h of observation
period. Further we have observed that septic mice had significantly
higher level of serum lactate (4.64� 0.05 mmol/L, n¼ 6 vs. sham
(1.61 � 0.37 mmol/L, n ¼ 6), and blood bacterial count
(6.91 � 0.23 log CFU/mL; n ¼ 8 vs. sham (no bacterial growth
was observed) than the SO mice [50].

Table 2
RT-qPCR reaction condition

Segment 1 Segment 2 Segment 3

95 �C/10 min.
1 cycle

95 �C: 15–30 s
55–60 �C*: 30 s.
72 �C: 20–30 s
40 cycles

95 �C: 1 min
55–65 �C: 30 s
95 �C: 30 s
1 cycle

Table 1
Details of the primer pairs for RT-qPCR

Type of gene Primer sequences Amplicon size Accession No.

GAPDH F 50-AACTTTGGCATTGTGGAAGG-30

R 50ACACATTGGGGGTAGGAACA 30
223 bp GU214026.1

α1D AR F 50-GCCTCTGAGGTGGTTCTGAG-30

R 50-GGACGAAGAAAAAGGGGAAC-30
208 bp AB030642.2

GRK2 F50-GGCGATACTTCTACTTGTTCCC-30

R 50-CGTTCCTTGATCTGTGTCTCTT-30
118 bp NM130863.1

eNOS F 50-GGCTGGGTTTAGGGCTGT-30

R 50-GCTGTGGTCTGGTGCTGGT-30
107 bp NM008713.4

iNOS F 50-ACATCGACCCGTCCACAGTAT-30

R 50-CAGAGGGGTAGGCTTGTCTC-30
177 bp NM010927.3

178 Santosh Kumar Mishra and Soumen Choudhury



It is well documented that cardiovascular complicacy is one of
the leading causes of death, and is often associated with vascular
hyporesponsiveness to commonly used vasopressor agents in septic
patients. In a recently published article [50], we sought to describe
the aortic vascular reactivity to norepinephrine (NE) and its under-
lying mechanisms in mouse subjected to CLP. As vascular hypor-
esponsiveness is typically seen in late phase of CLP model of sepsis,
all the samples were collected at 20 h post-CLP. The mean arterial
pressure of septic mouse was recorded as (41� 4.47 mmHg, n¼ 7)
in comparison with SO controls (87.25 � 5.45 mmHg, n ¼ 4)
[40]. In vitro exposure of the isolated aortic rings to
nor-epinephrine (NE) revealed that maximum contraction to NE
was significantly reduced in septic mice (see Fig. 3). On the other
hand, endothelial dysfunction was prominent in septic mice as
evidenced by decline in the acetylcholine (ACh)-induced relaxation
in mouse aorta (see Fig. 4). However, there was no change in
sodium-nitroprusside (SNP)-induced relaxation (see Fig. 5),
which is an endothelium-independent vasodilator. Aortic hypor-
eactivity was further confirmed by the reduced protein (see Fig. 6)
and mRNA (see Fig. 7a) expressions of alpha1D-adrenoceptor in
mouse aorta. Moreover, we have also found a significantly (p <
0.001) higher plasma norepinephrine level (144.90 � 12.76
pg/mL vs 80.52 � 1.71 pg/mL; n ¼ 6) in septic mice with
corresponding increase in GRK-2 mRNA expression in septic
mouse aorta (see Fig. 7b). This is responsible for α1D-adrenoceptor
desensitization resulting in vascular hyporesponsiveness (see Fig. 7b).
Aortic segments from CLP mice also showed reduced level of eNOS
and higher level iNOS mRNA expression (see Fig. 7c, d).

Fig. 2 Effect CLP-induced sepsis on survival time in mice. Sepsis was induced by
puncturing cecum twice “through and through” with a 21-gauge needle. The
overall difference in survival rate was determined by the Kaplan–Meier test
followed by the log-rank test
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Fig. 3 Effect of sepsis on reactivity of aortic smooth muscle to norepinephrine (NE) in mice. Sepsis was
induced by cecal ligation and puncture. Representative tracings show the concentration-dependent contrac-
tions to NE (0.1 nM–1 μM) in the aorta from SO (A) and CLP (B) mice. The line diagram (C) depicts the mean
concentration–response curves elicited with cumulatively added NE on the aortic rings obtained from SO and
CLP mice. Vertical bars represent SEM. Data were analyzed by two-way ANOVA followed by Bonferroni post
hoc tests. *p < 0.05 in comparison to SO
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Chapter 15

Methods to Study the Innate Immune Response to Sepsis

Wendy E. Walker

Abstract

This chapter describes techniques to measure the innate immune response in the mouse cecal ligation and
puncture model of sepsis. The reader will learn how to perform retro-orbital bleeds to harvest serum from
mice and learn how to perform peritoneal lavage to harvest cells and inflammatory mediators from this
compartment. The enzyme-linked immunosorbent assay (ELISA) technique is described as a method to
measure the levels of cytokines and chemokines in these fluids. Additionally, this chapter describes techni-
ques to stain the cellular fraction of the peritoneal lavage with fluorescently labeled antibodies, and perform
fluorescence activated cell sorting (FACS) to quantify macrophages and neutrophils in this compartment.

Key words Sepsis, CLP, Innate immune response, Inflammatory response, Retro-orbital bleed,
Peritoneal lavage, Enzyme-linked immunosorbent assay (ELISA), Fluorescence-activated cell sorting
(FACS), Cytokines, Macrophages, Neutrophils

1 Introduction

Sepsis occurs when an infection induces a systemic inflammatory
response syndrome (SIRS). This is characterized by a “cytokine
storm” that helps to fight the infection, but is paradoxically also
detrimental to the host [1, 2]. In the laboratory, sepsis is frequently
studied by performing cecal ligation and puncture (CLP) on
rodents, a technique first described by Irshad Chaudry’s group
[3]. Following this procedure, commensal bacteria that normally
reside in the gut gain access to the peritoneal compartment. This
leads to a polymicrobial infection, starting with local peritonitis and
progressing to bacteremia and SIRS. The related colon ascendens
stent peritonitis (CASP) [4] and intraperitoneal cecal slurry injec-
tion [5] models induce sepsis in a similar fashion.

During sepsis, the host is exposed to pathogen associated
molecular patterns (PAMPs) that activate an innate immune
response. Additionally, damage of cells and tissues leads to the
release of host-derived danger associated molecular patterns
(DAMPs). Macrophages reside in the peritoneum and many other
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tissues throughout the body. These cells express pattern recogni-
tion receptors (PRRs), including Toll-like receptors (TLRs), Reti-
noic acid-inducible gene I (RIG-I)-like receptors, and receptors of
the cytosolic DNA-sensing pathway and inflammasome pathway.
Activation of these pathways induces the release of proinflamma-
tory cytokines and chemokines, both at the local site of infection
and systemically (described by many groups including our own
[6, 7]).

Chemokines orchestrate the recruitment of phagocytic cells to
the primary site of infection, including neutrophils and additional
macrophages. Early infiltration of neutrophils to the site of infec-
tion is beneficial during sepsis, as these phagocytic cells kill bacteria
[8–10]. In contrast, prolonged activation of neutrophils and their
recruitment to noninfected organs may damage these tissues and
prove detrimental to the host [11, 12].

It is important to note that during sepsis, SIRS is accompanied
by a compensatory anti-inflammatory response (CARS) [13] that
compromises host defense against pathogens. For animals that
survive the initial insult of severe sepsis, a persistent inflammatory
and catabolic syndrome (PICS) may also develop [14].

Herein, we describe methods to measure the early innate
immune response in mice following CLP-induced sepsis. To exam-
ine the systemic inflammatory response, animals are retro-orbitally
bled and serum is prepared. To examine the local inflammatory
response, animals are sacrificed at 18–24 h post-surgery and perito-
neal lavage is performed. The enzyme-linked immunosorbent assay
(ELISA) is performed on the serum and lavage samples to quantify
inflammatory cytokines and chemokines. Additionally, peritoneal
lavage cells are stained with fluorescently labeled antibodies against
specific cell surface markers, followed by fluorescence activated cell
sorting (FACS). This strategy allows the investigator to quantify
neutrophils and macrophages in this compartment. In addition to
their utility in the murine CLP model of sepsis, these methods are
appropriate for use in the related CASP and cecal slurry models of
sepsis, and may be adapted for use in other rodent species.

2 Materials

Equipment: This protocol requires standard lab equipment, includ-
ing a benchtop centrifuge, microcentrifuge, and pipettmans.

2.1 Retro-Orbital

Bleeds

1. Heparinized capillary tubes (i.e., Drummond Hemato-Clad
mylar wrapped microhematocrit tubes, 75 mm).

2. Serum microtainers (i.e., BD microtainer SST, ref #365967).

3. Gauze pads.

4. Capillary tube pipette bulb or transfer pipette (to eject blood
from capillary tubes).
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5. 1.5 mL tubes (for storage of serum).

6. Proparacaine drops (optional, for topical ophthalmic
anesthesia).

7. Eye lubricant ointment (i.e., Altalube ointment).

8. Anesthesia device (a precision isoflurane vaporizer or a drop
anesthesia jar):
(a) Isoflurane (for precision vaporizer).

OR

(b) 20–30% Isoflurane, 70–80% propylene glycol (for drop
anesthesia jar).

2.2 Peritoneal

Lavage

1. Dissection tools: forceps and scissors.

2. 5 mL Luer-lok syringes.

3. 23 G needles.

4. Phosphate-buffered saline (PBS), Ca, Mg-free.

5. 15 mL conical tubes.

6. Depending on the method of sacrifice, one of the following
may be required:

(a) An anesthesia device and isoflurane (see Subheading 2.1,
item 8).

OR

(b) Carbon dioxide euthanasia chamber.

2.3 ELISA 1. The following ELISA reagents may be sold as a single set/kit or
sold separately (i.e., BD OPTEIA ELISA sets, or eBioscience
Ready-Set-Go! ELISA sets):

(a) Capture antibody for the molecule of interest.

(b) Detection antibody for the molecule of interest
(biotinylated).

(c) Streptavidin–horseradish peroxidase (HRP) (light
sensitive).

(d) Recombinant standard for the molecule of interest (ali-
quot and store at �80 �C upon receipt).

2. 96-well flat bottom ELISA plates (i.e., Nunc MaxiSorp plates).

3. Coating buffer: the appropriate solution may be indicated in
the product sheet, or may be tested empirically in a test ELISA
with a standard curve. Use within 2 weeks of preparation.

(a) 0.2 M Sodium phosphate, pH 6.5: Mix 11.8 g
Na2HPO4 þ 16.1 g NaH2PO4 in 1 L H2O, adjust pH to
6.5.

OR
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(b) Sodium carbonate, pH 9.5: 7.13 g NaHCO3 þ 1.59 g
Na2CO3, adjust pH to 9.5.

4. Assay diluent: 10% heat-inactivated FBS, in PBS. Use within
2 weeks of preparation.

5. Capture antibody working solution: Capture antibody diluted
~1/250–1/1000 in assay diluent (see Note 1). Prepare imme-
diately before use.

6. Working detector: Combine detection antibody (diluted ~1/
250–1/1000) and streptavidin–HRP (diluted ~1/250) in
assay diluent (see Note 1). Prepare immediately before use
(light sensitive).

7. Wash buffer: 0.05% Tween 20 in PBS, Ca, Mg-free. Use within
2 weeks of preparation.

8. ELISA substrate reagent:

(a) SuperAqua Blue (eBioscience, light sensitive).

OR

(b) TMB substrate (light sensitive).

(c) Stop buffer: 1 M H3PO4 or 2 N H2SO4 (only required
when using TMB substrate).

9. Adhesive plate sealers.

2.4 Enumerating

and Staining Cells

1. Hemacytometer slide.

2. Ice cold staining buffer: 2% FBS in PBS, prepared within
1 week of use.

3. Antibodies against cell surface markers of interest, including
CD11b, Ly6G and F4/80. These may be directly conjugated
to a fluorochrome. Alternatively, a biotinylated antibody may
be used in combination with a streptavidin–fluorochrome con-
jugate (available from eBioscience or BD bioscience).

4. Working solutions of antibody staining reagents (prepare
immediately before use, see Note 2):

(a) Single stain controls: dilute each antibody individually in
staining buffer, at 10� the final dilution, i.e., make a 1/20
working solution for a 1/200 final dilution.

(b) Antibody cocktail: dilute the antibodies in combination
staining buffer, at 10� the final dilution, i.e., make a 1/20
working solution for a 1/200 final dilution.

(c) Streptavidin–fluorochrome conjugate: dilute the strepta-
vidin–fluorochrome conjugate in staining buffer, at 10�
the final dilution, i.e., make a 1/50 working solution for a
1/500 final dilution.
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5. Fixation buffer: 4% paraformaldehyde solution (i.e., IC fixation
buffer, eBiosciences).

3 Methods

3.1 Retro-Orbital

Bleeds

Retro-orbital bleed is a convenient method to obtain small samples
of mouse blood. If performed correctly, this technique induces
minimum discomfort to the animal and bleeding can be tightly
controlled to avoid excess blood loss. Retro-orbital bleeds may be
performed at serial time points to observe progression of the
inflammatory response over time, without sacrificing the animal.
Care should be taken to collect no more than 10% animal blood
volume as the sum of all bleeds performed on a mouse within a
14-day period (see Note 3).

1. Anesthetize the mouse with isoflurane. The mouse should be
under plane 2 (medium) anesthesia, unresponsive to toe pinch
prior to commencing the procedure (see Note 4).

2. Optional: apply a drop of proparacaine solution to the eye for
topical anesthesia.

3. Scruff the mouse firmly. This will tighten the skin around the
face and pull the eyelids away from the eye socket.

4. Apply a heparinized capillary tube to the retro-orbital socket at
the bottom front corner, between the orb of the eye and the
lower eyelid. The tube should be held at a 45-degree angle to
the animal’s head (see Fig. 1). Apply gentle pressure while
twiddling the tube back and forth (see Note 5). These small
semicircular rotations will eventually ease the capillary tube
into the space between the orb of the eye and the socket.
Additional small rotations will puncture the conjunctival

Fig. 1 Retro-orbital bleeds. The mouse is scruffed to pull the skin away from the
face, opening the eyelid and exposing the eye. The capillary tube is applied to
the bottom front corner of the retro-orbital socket, between the orb of the eye
and the lower eyelid, at a 45-degree angle to the animal’s head
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membrane, breaking through into the venous sinus and releas-
ing blood.

5. Once blood begins to enter the capillary tube, ease back on the
pressure applied to the capillary tube and loosen the pressure of
the scruff hold on the animal. This will allow the blood to enter
the capillary tube at a slow and steady rate. Once a sufficient
volume has been collected, remove the capillary tube from the
eye (see Note 6).

6. Release the scruff hold on the animal, allowing the skin to
become more relaxed around the animal’s face. Press the eyelid
closed and then apply gentle pressure to the eyelid with a gauze
pad, to staunch the bleeding. Bleeding should stop within
10–20 s. Apply an eye lubricant ointment to the edge of the
eyelid and manually blink the eyelid a few times to spread the
ointment across the eye. Ensure that all bleeding has stopped
and that the animal is fully conscious and able to retain sternal
recumbency before returning to the housing cage.

7. Flush the blood out of the capillary tube into the serum micro-
tainer, using the capillary tube pipette bulb or transfer pipette
(see Note 7). Close the microtainer tube.

8. Spin the serum microtainer tubes at 12,000 � g for 2 min in a
room-temperature centrifuge. The blood cells will migrate
below the polymer gel in the microtainer tube, while the
serum remains in a layer at the top. Carefully collect the serum
layer and transfer into a 1.5 mL sample tube (see Note 8).

9. Store the samples at �80 �C (see Note 9).

3.2 Peritoneal

Lavage

1. Sacrifice the animal (see Note 10).

2. Draw 3 mL PBS into a 5-mL Luer-Lok syringe and apply a
23 G needle to the end of the syringe. Expel any air bubbles
from the syringe.

3. Perform a vertical incision in the skin adjacent to the midline
surgical incision (see Fig. 2a). The incision should expose the
underlying peritoneal membrane, but should not pierce it (see
Note 11).

4. Pull up on the peritoneal membrane with the forceps and insert
the needle just under the peritoneal membrane with the needle
facing up (see Fig. 2b).

5. Inject 3 mL PBS into the peritoneal cavity. Allow the fluid to sit
in the peritoneum for 2 min, while periodically massaging the
abdomen.

6. Pull up on the peritoneal membrane with the forceps. Recover
the PBS by making a tiny hole in the peritoneal membrane and
sucking it out with a pipette (see Fig. 2c, d), or using a syringe
(see Note 12). Transfer the lavage to a 15-mL falcon.
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7. Spin the lavage solution at 600 � g for 7 min. Collect the
supernatant and store at �80 �C.

8. Resuspend the pellet in 200 μl staining buffer, place the tube
on ice and use for staining immediately.

3.3 ELISA The ELISA was described by two independent groups in 1971
[15, 16]. This is a convenient method tomeasure the concentration
of secreted proteins, such as cytokines and chemokines. Commonly
measured proinflammatory cytokines include: interleukin (IL)-1,
IL-6, IL-12, macrophage migration inhibitory factor (MIF), tumor
necrosis factor (TNF)-α, as well as the type 1 interferons: IFN-α
and IFN-β. Commonly measured anti-inflammatory cytokines
include: IL-4, IL-10, and transforming growth factor beta
(TGF-β). Commonly measured chemokines include: macrophage
chemoattractant protein (MCP)-1, chemokine (C-X-C motif)
ligand (CXCL)1 and CXCL2. Other soluble mediators may be
measured in the CLP model, including myeloperoxidase (released
by neutrophils that infiltrate the peritoneum) and serum amyloid P
(the major mouse acute phase protein released by the liver into the
bloodstream). Figure 3 shows representative serum cytokine data
for IL-6, IL-12p40, and MCP-1 at 0, 5, and 19 h post-CLP and
sham surgeries.

An ELISA troubleshooting chart is presented in Table 1.

1. The ELISA plate must be coated with capture antibody
1–3 days prior to the assay (see Note 13). Aliquot 100 μl of
capture antibody working solution to an appropriate number
of wells in a 96-well ELISA plate. Coat a sufficient number of

Fig. 2 Peritoneal lavage. (a) An off-center vertical incision is made in the mouse skin, leaving the peritoneal
membrane intact (for a surgical mouse, this would be parallel to the surgical incision). (b) The peritoneal
membrane is lifted away from the abdominal organs with the forceps. The needle is inserted just below the
membrane, avoiding the organs, with the needle eye facing up. (c) After a 2-min incubation, with gentle
massaging of the abdomen, the peritoneal membrane is once again lifted with the forceps and a small incision
is made to accommodate the pipette tip. (d) The lavage fluid is withdrawn from the peritoneal cavity with the
pipette
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wells to run the samples and standards in duplicate or triplicate.
Cover the plate with an adhesive plate sealer and store at 4 �C
overnight (see Note 14).

2. On the day of the assay, wash the plate three times with 300 μl
wash buffer per well (see Note 14).

3. Add 200 μl assay diluent to each well. Cover the plate with an
adhesive plate sealer and incubate the plate at room tempera-
ture for 1 h (seeNote 15). This step blocks nonspecific binding.

4. While the assay diluent is incubating, dilute the stock of recom-
binant cytokine or chemokine in assay diluent to make a stan-
dard curve. Typically a range of twofold dilutions from
2000 pg/mL down to 15.5 pg/mL is a suitable range (see
Fig. 4a). Include a 0 pg/mL control (assay diluent only) (see
Note 16).

5. Thaw the serum samples on ice and dilute in assay diluent as
appropriate (see Note 17).

6. Wash the maxisorp plate three times with 300 μl wash buffer
per well, and then blot dry.

7. Add 100 μl of standard or sample to the appropriate wells and
incubate for 2 h at room temperature or at 4 �C overnight (see
Note 18).

8. Wash the maxisorp plate three to five times with 300 μl wash
buffer per well, and then blot dry (see Note 19).

9. Add100 μl of workingdetector to eachwell (seeNote20). Cover
with a plate sealer and incubate at room temperature for 1 h.

10. Wash the maxisorp plate five to seven times with 300 μl wash
buffer per well, and then blot dry (see Note 19).

Fig. 3 Serum cytokines. Sample graphs showing the elevation in serum cytokines following CLP surgery
vs. sham surgery. Graphs show (a) IL-6, (b) IL-12p40, (c) MCP-1
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Table 1
ELISA troubleshooting

Problem Possible causes

Technical replicates (i.e., duplicates,
triplicates) yield very different
absorbance values

– inaccurate pipetting
– contamination of the plate
– some wells dried out between solutions

No color development in the plate – one or more steps was skipped
– capture antibody was used in place of detection
antibody

– the detection antibody was for a different cytokine than
the capture antibody (common mistake in a lab with
multiple ELISA kits in identical boxes)

– one or more ELISA reagents have degraded and need
to be replaced

– an incorrect type of 96-well plate was used for the assay
(i.e., a tissue culture plate instead of a maxisorp plate)

Weak color development in samples
and standards

– one or more ELISA reagents have degraded and need
to be replaced

– ELISA reagents were inappropriately diluted (use a
higher concentration)

– incorrect coating buffer was used (i.e., sodium
phosphate vs. sodium carbonate)

Weak color development in samples,
standards look OK

– sample is too dilute (concentration too low to
measure)

– sample is too concentrated (>1/20 concentration of
serum will inhibit the ELISA assay)

– sample has degraded (due to the unstable nature of
cytokines and chemokines, serum samples should be
frozen promptly at�80 �C after preparation and tested
within 6 months)

Weak (or no) color development
in standards, samples look OK

– incorrect dilution of the first (highest) standard
– standards are old and need to be replaced (due to the
unstable nature of cytokines and chemokines,
standards only last ~6 months in �80 �C freezer)

– incorrect standard was used, i.e., IL-6 instead of IL-12
(common mistake in a lab with multiple ELISA
standards stored in the same box)

All wells turn an equally dark color rapidly – detection antibody was used to coat the plate instead of
capture antibody

Standard curve develops a dark color
very rapidly

– standards are too concentrated (i.e., incorrect dilution
of the highest standard)

High background (i.e., significant color
development in the 0 pg/mL standard)

– insufficient washing of the plate
– assay diluent was prepared incorrectly
– wash buffer or PBS was used in place of assay diluent
for the blocking step or sample dilution

Color develops too fast in the plate – one or more reagents were too concentrated (i.e.,
capture or detection antibody)
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11. Add ELISA substrate reagent. Follow step (a) or (b) according
the reagent used (see Note 21).

(a) Add 100 μl Super AquaBlue ELISA substrate. Incubate
the plate at room temperature for 30 min, or until blue
color development can be visualized clearly in the plate.
Read absorbance at 405 nm with a plate reader.

OR

(b) Add 100 μl TMB ELISA substrate per well. Incubate the
plate at room temperature for 30 min, or until yellow color
development can be visualized clearly in the plate. Add
100 μl stop buffer to each well. Read absorbance at
450 nm with a plate reader.
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Fig. 4 ELISA standard curve. (a) Schematic of dilutions used to create the standard curve (please note that the
blue color is for demonstration purposes only). (b) Plot of concentration vs. absorbance for the standard curve.
Sample concentration is determined by comparing absorbance to the standard curve
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12. Create a standard curve by plotting the concentration of the
standards against their absorbance (see Fig. 4b). Use a line of
best fit or a point-to-point method to predict the concentration
of the unknown samples (seeNote 22). Multiply this concentra-
tion by the dilution factor used in step 5 to determine the
original concentration of the serum and lavage samples.

3.4 Enumerating

and Staining

Inflammatory Cells,

with FACS Analysis

Staining peritoneal lavage cells with cell surface antibodies is a con-
venient method to quantify neutrophils (Ly6GþCD11bþCD64-
F4/80-) and macrophages (Ly6G-CD11bþCD64þF4/80þ) in
this compartment. Additionally, cell surface staining may be used
to visualize the maturation state and functionality of these cells.
Figure 5 shows representative FACS plots for mice that were sacri-
ficed 18 h after sham or CLP surgery and underwent peritoneal
lavage. This figure also shows a comparison of lavage cells from
interferon regulatory factor 3 (IRF3)-KOmice that have undergone
CLP surgery, to highlight differences between genotypes that may
be measured through FACS analysis.

1. Begin with the cell pellet obtained from the peritoneal lavage,
resuspended in ice-cold staining buffer.

2. Count the cells with a hemacytometer slide (see Note 23).

3. Aliquot 0.5–2 � 106 cells into a 1.5 mL eppendorf tube for
each staining reaction. Be sure to include tubes for an unstained
control and a single stain control for each antibody used.

4. Wash the cells with 500 μl staining buffer and spin at 500 � g,
2 min in a microcentrifuge. Remove all but ~45 μl staining
buffer. Repeat this step once, for a total of two washes (see
Note 24).

5. Add 5 μl cell surface antibody cocktail working solution to the
appropriate tubes, and single antibody control working solu-
tions to the appropriate tubes. Add 5 μl staining buffer to the
unstained control. Vortex each tube briefly to mix.

6. Incubate for 30–60 min on ice in the dark.

7. Wash with 500 μl staining buffer and spin 500 � g, 2 min.
Remove all but ~45 μl liquid. Repeat once for a total of two
washes.

(Note: steps 8–10 are appropriate for antibodies that are con-
jugated to biotin and used in combination with a streptavidin–-
fluorophore conjugate. These steps should be skipped if the
antibody is directly conjugated to the fluorophore).

8. Add 5 μl streptavidin–fluorophore conjugate working solution
to the appropriate tubes and vortex briefly to mix.

9. Incubate for 15 min on ice in the dark.

10. Wash with 500 μl staining buffer and spin 500 � g, 2 min.
Remove all but ~45 μl supernatant.
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11. Add 200 μl IC fixation buffer.

12. Incubate the cells on ice 5–10 min (see Note 25).

13. Wash with 500 μl staining buffer and spin 500 � g, 2 min.

14. Remove all but ~45 μl supernatant and resuspend in 250 μl
staining buffer.

15. Store the samples at 4 �C. Analyze the cells via FACS within
1 week (see Note 26).
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4 Notes

1. The appropriate dilutions for the capture and detection anti-
bodies and streptavidin–HRP may be indicated in the product
sheet, or may be determined empirically by performing a test
ELISA.

2. Prior to routine use, each antibody (and the streptavidin–fluor-
ophore conjugate) should be titrated to determine an appro-
priate dilution for staining. The investigator is recommended
to make serial dilutions of the antibody (i.e., 1/50, 1/100,
1/200, 1/400, 1/800) and test them for staining, using cells
known to be positive for the relevant cell surface marker. This
test will reveal a dose response indicating the minimum dose of
antibody (or streptavidin–fluorophore) necessary to achieve
full staining of the cells. The investigator is recommended to
use the next dose up in the titration series for subsequent
experiments (i.e., if 1/400 yields maximal staining, staining
use 1/200 dilution for subsequent experiments). With this
method, staining intensity will remain robust even when stain-
ing volumes vary slightly.

3. Serial small-volume retro-orbital bleeds may be performed on a
single animal to monitor serum markers of inflammation over
time. We typically bleed mice at 0 h, 4–6 h, and 18–24 h
postsurgery. Once the investigator is proficient in the retro-
orbital bleed technique, it may be preferable to alternate
between the eyes to minimize discomfort to the animal. With
practice both the left and right eye can be accessed with the
dominant hand, or the investigator may become proficient in
performing the technique with either hand. A maximum of
10% blood volume (roughly 1% of body weight) can be col-
lected in a 14-day period. For a 20–25 g mouse, this corre-
sponds to 200–250 μl. Larger volumes of blood may be
collected from animals that will be sacrificed immediately
thereafter.

4. Induction of anesthesia may be accomplished with a precision
isoflurane vaporizer (set to ~2.0 isoflurane, 0.5 oxygen flow, or
according to the manufacturer’s specifications). Alternatively, a
drop anesthesia chamber may be used, employing a mixture of
20–30% isoflurane, 70–80% propylene glycol. For the drop
anesthesia chamber, anesthetic agent applied to a gauze pad,
and a physical barrier (e.g., a screen) should be used to prevent
skin contact with the animal. Care should be taken to ensure
that the mouse is adequately anesthetized and completely unre-
sponsive to toe pinch prior to commencing the retro-orbital
bleed. The animal may be maintained on a small nose cone
attached to the precision vaporizer during the retro-orbital
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bleed. In the case of drop anesthesia, the procedure should be
completed rapidly to ensure it is finished before the animal
regains consciousness and the pain response returns. The inves-
tigator should monitor the animal carefully during induction of
anesthesia, to prevent the animal from entering too deep of an
anesthetic plane (this is often evidenced by an infrequent,
gasping breath pattern). Septic animals are highly prone to
death from anesthetic overdose.

5. Use gentle pressure when easing the tube into the socket, to
avoid damage to the eye and to prevent a large and uncon-
trolled rush of blood, which may lead to excess animal
blood loss.

6. Because sepsis induces a drop in blood pressure, the blood may
flow less readily from the socket of a sick animal vs. a healthy
one. Angling the end of the capillary tube downward may help
blood enter the tube more readily. A proficient investigator
may also lift the animal slightly with the hand holding the
scruff, and angle its head downward during the bleeding pro-
cedure to facilitate entry of the blood into the capillary tube.

7. The bottom of the microtainer tube contains a polymer gel to
facilitate separation of the serum. Care should be taken not to
allow the capillary tube to touch this gel, which may clog the
end and make it difficult to flush out the blood.

8. The serum microtainer should be held at an angle to allow the
serum to pool in one corner for easy collection. Avoid touching
the tip to the gel layer as the pipette tip may become clogged.

9. Note that cytokines and chemokines have a short half-life at
room temperature. Therefore, serum should be processed and
frozen quickly after blood collection. Storage at �80 �C is
recommended to preserve stability of these inflammatory med-
iators, although storage at�20 �C is sufficient for short periods
of time.

10. Animals may be sacrificed by CO2 asphyxiation or by cervical
dislocation under isoflurane anesthesia once the animal is unre-
sponsive to toe pinch. In the latter case, the investigator should
be careful not to apply excess pressure during the cervical
dislocation, which may break the spine and cause bleeding
into the peritoneal cavity, confounding the subsequent ana-
lyses. Death should be confirmed (i.e., by monitoring cessation
of the heartbeat) prior to starting the lavage technique.

11. Exposure of the translucent peritoneal membrane will allow
the investigator to visualize the proximal structures within the
abdominal cavity. Visualization and pulling up on the perito-
neal membrane will facilitate insertion of the needle into the
cavity without piercing the intestines.
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12. Collection of peritoneal lavage with a pipette through a small
incision is technically easier than collection with a syringe,
because the syringe needle can easily adhere to peritoneal fat
and the intestines during collection. When collecting through
an incision with a pipette, be careful to continue pulling up on
the peritoneal membrane adjacent to the incision with the
forceps throughout the procedure. Additionally, make the inci-
sion as small as possible to accommodate the pipette tip. Oth-
erwise, the lavage fluid may flow out of the incision and be lost.

13. The plate may be incubated for up to 3 days with capture
antibody at 4 �C, prior to performing the ELISA. Longer
incubation periods are not recommended, as the assay sensitiv-
ity may be greatly reduced. Optionally, the plate may be incu-
bated on an orbital shaker during all ELISA steps, to ensure
mixing of solutions and increase exposure of the plastic to the
solutions.

14. The plate may be washed with an automatic plate washer, or
manual pipetting. A plate washer and a multichannel pipette
are excellent time-saving devices, and may represent a sound
investment for a lab that wishes to perform the ELISA tech-
nique on a regular basis. With the automatic plate washer, the
waste solution may be dispensed into each row in turn, via a
multichannel dispenser (i.e., Nunc Immuno Wash) and then
sucked into a waste container connected that is connected to
the same dispenser via a vacuum pump. With the automatic
plate washer, it is recommended to allow the wash buffer to
soak for 30 s–1 min for each wash prior to removal. With the
manual pipetting technique, the liquid may be dispensed with a
multichannel pipette and then disposed into a sink or large
beaker via a rapid inversion of the plate with a flicking motion.
The plate should subsequently be maintained in an inverted
state until it is tapped dry on a stack of paper towels to remove
all residual liquid. Regardless of which washing technique is
used, the plate should be tapped dry on paper towels after the
final wash, prior to addition of the next solution for the ELISA
assay. Proceed immediately between the steps and do not allow
the ELISA plate to sit dry for any period between washes or
solutions.

15. The blocking step prevents nonspecific binding of irrelevant
proteins to exposed areas of the plate.

16. ELISA is fairly tolerant of extended incubation times, as long as
all of the wells are treated equally. For example, incubation with
the sample, detection antibody and streptavidin–HRP may be
extended by up to an hour at room temperature without
compromising the experimental results.
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17. The investigator may need to vary the dilution factor, depend-
ing on the marker being measured and the severity of sepsis
that is induced. Please note that serum should be diluted at
least 1/20, as a higher concentration of serum will inhibit
binding of the cytokine to the capture antibody. Please note
that samples should be replaced at �80 �C promptly to pre-
serve their stability if they will be used for additional assays. The
number of freeze–thaw cycles should be minimized.

18. Incubation at 4 �C overnight may improve the sensitivity of the
assay and facilitate the detection of low concentrations or
cytokines and chemokines.

19. The higher number of washes is recommended to reduce
background when using an automatic plate washer. With man-
ual washing, the lower number may suffice.

20. For most ELISAs, the detection antibody and streptavi-
din–HRP steps may be combined (i.e., these reagents may be
codiluted in assay diluent and incubated together in a single
step), to save time. However, for increased sensitivity, these
agents may be used in series. In this case, repeat steps 8 and 9,
first with detection antibody working solution, and then with
streptavidin–HRP working solution.

21. In the author’s experience, the Super AquaBlue reagent gives a
better linear relationship between concentration and absor-
bance, while the TMB reagent has better sensitivity to detect
very low sample concentrations.

22. Duplicate or triplicate samples should yield very similar absor-
bance values. The standard curve should be plotted on a graph
and visually inspected to determine if the linear curve is suitable
(i.e., if the points fall along a line). For example, the ELISA
absorbance will begin to plateau at a certain concentration, in
this case a point-to-point method may be more appropriate to
determine the sample concentration (i.e., draw a separate line
connecting the average values of adjacent standards). It is not
appropriate to extrapolate the concentration for samples with
an absorbance value above the standard range. In this case, the
ELISA should be repeated using a higher sample dilution.
ELISA standards should be included in every plate and should
only be used to determine the concentration of samples run
concurrently. This is because small variations in the procedure
and conditions (including ambient temperature) may affect the
absorbance values at a given concentration.

23. Dilute the sample ~1/20–1/100 to count with a hemacytom-
eter slide.

24. With practice, the investigator can remove all but ~45 μl of the
staining buffer from the cell pellet after the spin, judging the
approximate volume by eye, and leaving the sample ready for
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staining. It is not necessary to achieve an exact volume since the
staining has been optimized to be robust across small variations
in the antibody concentration (see Note 2).

25. Fixing for 5–10 min gently fixes the cells, and is optimal for
maintaining sample integrity while preserving the cells for
medium-term storage (up to 1 week). In the author’s experi-
ence, longer fixation periods may lead to the generation an
insoluble cell pellet in the subsequent centrifugation step,
which is not suitable for FACS analysis. If the samples will be
analyzed by FACS immediately after staining, the fixation step
may be omitted.

26. Users unfamiliar with FACS analysis are referred to Flow Cyto-
metry Protocols [17]. During FACS analysis, be sure to com-
pensate for spectral overlap between adjacent fluorophores in
adjacent channels (FITC vs. PE, PE vs. PERCP, PERP vs. APC,
etc.).
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Chapter 16

An Ovine Model for Studying the Pathophysiology of Septic
Acute Kidney Injury

Yugeesh R. Lankadeva, Junko Kosaka, Roger G. Evans, and Clive N. May

Abstract

The development of acute kidney injury (AKI) is both a significant and independent prognostic factor of
mortality in patients with sepsis, but its pathophysiology remains unclear. Herein, we describe an ovine
model of sepsis evoked by the administration of live Escherichia coli in which there is hypotension, peripheral
vasodilatation with a large increase in cardiac output; a similar hyperdynamic state to that commonly
reported in humans. Interestingly, in this sheep model of sepsis, despite an increase in global kidney
blood flow, there is a progressive reduction in renal function. Although renal hyperperfusion develops,
renal tissue hypoxia due to redistribution of intrarenal blood flow may contribute to the pathogenesis of
septic AKI. We have, therefore, developed a novel methodology to chronically implant combination probes
to monitor intrarenal tissue perfusion and oxygen tension during the development of septic AKI in
conscious sheep with hyperdynamic sepsis.

Key words Sepsis, Hypotension, Renal blood flow, Cardiac output, Acute kidney injury, Ischemia,
Hypoxia

1 Introduction

Sepsis is the major cause of morbidity and mortality in intensive
care units when associated with multiple organ dysfunctions
[1, 2]. An organ most frequently showing sepsis related derange-
ments is the kidney, with septic acute kidney injury (AKI) account-
ing for nearly 50% of cases of renal failure [2, 3]. The etiology of
septic AKI is complex and poorly understood, but a reduced renal
blood flow is thought to be central to the development of renal
failure in sepsis [4].

We have established a model of hyperdynamic sepsis in con-
scious sheep that is induced via intravenous infusion of live Escher-
ichia coli (E. coli). In this ovine model, sepsis is characterized by
hypotension, tachycardia, peripheral vasodilatation, increased car-
diac output, fever, hyperlactemia, and AKI [5, 6], a similar hemo-
dynamic profile to that seen in patients with sepsis [7]. In this
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model of sepsis, there is a progressive development of AKI despite
an increase in total renal blood flow (RBF) [6]. In agreement with
this finding, RBF has been shown to be either preserved or to
increase in patients with septic AKI [8, 9] and in other large animal
models of hyperdynamic sepsis [10, 11], indicating that a reduction
in total RBF is not a prerequisite for the development of septic AKI.

A possible mechanism contributing to septic AKI, in the face of
renal hyperperfusion, is microcirculatory dysfunction leading to
redistribution of intra-renal blood flow resulting in local tissue
ischemia and hypoxia. However, the extent to which heterogeneity
of intrarenal tissue perfusion influences oxygenation within the
cortex and medulla has not been investigated in conscious large
animal models of hyperdynamic sepsis. In an important advance we
have developed a technique to chronically implant, into the renal
cortex and medulla, fiber optic probes that we specifically designed
and had custom made by the manufacturer (Oxford Optronix,
Oxford, England). These probes remain in place and provide stable
measurements for at least 3 weeks, without artifacts in freely
moving sheep in their metabolic cages [12]. The probes provide
real-time measures of tissue perfusion by laser Doppler flowmetry
and importantly also tissue oxygen tension (tPO2) by fluorescence
lifetime oximetry [13–15].

In conscious sheep with hyperdynamic sepsis, we have recently
demonstrated that there is a rapid onset of selective reductions in
renal medullary tissue perfusion and tissue oxygen tension within
the first 4 h of sepsis, while cortical perfusion and oxygenation were
preserved [16]. These findings suggest that medullary tissue hyp-
oxia due to intra-renal blood flow redistribution may be one of the
contributing factors for AKI during sepsis.

2 Materials

All experiments were conducted in 1–2-year-old pure bred female
Merino ewes (35–40 kg), housed in individual metabolic cages.
Prior to surgery, animals were allowed 8–10 days of acclimatization
to laboratory conditions and human contact. Sheep were fed a diet
of oaten chaff (800 g/day) and were allowed free access to water.
All experimental procedures were approved by the Animal Ethics
Committee of the Florey Institute of Neuroscience under guide-
lines laid down by the National Health and Medical Research
Council of Australia.

2.1 Anesthetic,

Antibiotic,

and Analgesic Agents

1. Sodium thiopentone (15 mg/kg, Jurox PTY LTD, NSW,
Australia) (see Note 1).

2. Isoflurane (Abbott Australasia PTY LTD, NSW, Australia) (see
Note 2).
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3. Procaine penicillin (900 mg, Ilium Propen, Troy Laboratories,
Smithfield, NSW or Mavlab, QLD, Australia).

4. Flunixin meglumine (1 mg/kg, Troy Laboratories, NSW or
Mavlab, QLD, Australia).

5. Gentamycin (150 mg/mL, Troy Laboratories, Glendenning,
NSW, Australia).

2.2 Equipment

for Monitoring

Systemic and Renal

Hemodynamics

1. Transit-time flow probe (20 mm, Transonic Systems, Ithaca,
NY, USA).

2. Transit-time flow probe (4 mm, Transonic Systems, Ithaca,
NY, USA).

3. Custom-built fiber-optic probes (450 μm outer diameter,
CP-004-001 Oxford Optronix, Oxford, England).

4. Flow meter (T206, Transonic Systems, Ithaca, NY, USA).

5. OxyLite 2000 and OxyFlo monitors (Oxford Optronix,
Oxford, England).

6. CED micro 1401 and Spike 2 software (Cambridge Electronic
Design, Cambridge, England).

7. Tygon catheters (ID 1.0 mm, OD 1.5 mm, Cole-Parmer,
Boronia, Australia).

8. Polythene catheters (ID 1.19 mm, OD 1.7 mm; Portex®,
Smiths Medical International Ltd. Hythe, Kens UK).

9. Polythene catheters (ID 0.58 mm, OD 0.96 mm; Portex®;
Smiths Medical International Ltd. Hythe, Kens UK).

10. Pressure transducer (ITL Healthcare, Chelsea Heights, VIC,
Australia).

11. Heparin (Pfizer, West Ryde, NSW, Australia).

12. Foley bladder catheter (size 12, 30 cm3, Euromedical,
Malaysia).

13. Fractional urine collector (LKB Instruments, Victoria,
Australia).

14. Gemini PC-1 volumetric infusion controller (IMED Corpora-
tion, CA, USA).

15. Blood gas analyzer (ABL System 625, Radiometer Medical,
Copenhagen, Denmark).

2.3 Escherichia coli

and Broth Reagents

1. Escherichia coli stock solution (isolated from blood cultures
from a patient who recovered from septic shock (Austin
Health, Melbourne, Australia) stored in 100 μl aliquots in
sterile microtubes at �80 �C).

2. To prepare broth, weigh 10 g tryptone (Oxoid LTD, Hamp-
shire, UK), 5 g yeast extract (Oxoid LTD, Hampshire, UK)
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and 10 g NaCl (Merck, Damstadt, Germany), and dissolve in
1000 mL distilled water (see Note 3).

3. VITEK colorimeter (Hach Company, Colorado, USA).

4. Incubator (Orbital shaker, Thermo Scientific, Georgia, USA).

3 Methods

Prior to experimentation, all sheep undergo two aseptic surgical
procedures under general anesthesia. Food and water are removed
for 15–20 h prior to surgery to prevent ruminal tympany (bloat)
and to reduce the risk of regurgitation and aspiration. All surgical
procedures are conducted under aseptic conditions; all instruments
are autoclaved and surgeons wear sterile gowns and gloves. The
incision site is shaved with a small animal clipper and thoroughly
scrubbed with Riodine (Povidone-Iodine, Perrigo, WA, Australia),
following which the animal is covered with sterile drapes leaving
only a minimum area exposed for incisions. For all surgical proce-
dures, sheep are treated with intramuscular antibiotics (900 mg,
procaine penicillin) at the start of surgery and at 24 and 48 h
postoperatively. Analgesia is maintained with intramuscular flunixin
meglumine (1 mg/kg) given at the start of surgery and at 4 and
24 h postsurgery.

3.1 Surgical

Preparation of a

Carotid Arterial Loop

1. The aim of this procedure is to exteriorize the left carotid artery
into a skin fold to allow easy access for arterial cannulation and
blood sampling.

2. Following anesthesia (see Notes 1 and 2), position the animals
in dorsal recumbence and shave the neck area.

3. Place the neck in a ventrolateral position and make a skin
incision ~12 cm in length parallel to the jugular vein and
blunt dissect the skin free from underlying muscles and tissues.

4. Locate the carotid artery, and separate it from all the surround-
ing connective tissue, taking care not to damage the vagus and
sympathetic nerves.

5. After a suitable length of the artery (~6 cm) has been freed
from the surrounding tissues or vessels, make a second skin
incision (~10 cm) in length in parallel to the first incision,
producing a strip of skin about 2.5 mm wide that is wrapped
around the carotid artery enclosing the vessel into a tube.

6. After wrapping the skin strip around the artery, neatly oppose
the edges, and then close using a continuous suture lock
technique.
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During the same surgery, after the preparation of a carotid
arterial loop, position the animal in right lateral recumbence and
perform a left-sided thoracotomy for the implantation of a transit-
time flow probe around the pulmonary artery to measure cardiac
output (CO).

3.2 Cardiac Surgery 1. Perform a left flank skin incision above the fourth left rib. Strip
the periosteum, and then remove the fourth rib.

2. Open the pericardium and carefully separate the pulmonary
artery from the surrounding tissue.

3. Gently, place the transit-time flow probe (20 mm) around the
vessel and take care to ensure a good alignment with the artery.

4. Insert a drain tube and then close the intercostal muscle and
skin in layers and tunnel the flow probe cable subcutaneously
and exteriorize near the thoracic spine.

5. Switch the anesthetic off and remove the endotracheal tube
once corneal, laryngeal and muscle reflexes had been
established.

6. Once the animal is breathing normally on its own, gently move
it to an individual metabolic cage and allow recovery for
3 weeks. Monitor food and water intake daily and regularly
check the wounds to ensure healing.

7. Maintain chest drainage for 4 h post-surgery, after which the
drain is removed.

Following a recovery period of 2–3 weeks, an additional surgical
procedure is performed to equip sheep with a renal artery flow
probe, a renal vein catheter and combination fiber-optic probes
into the renal cortex and medulla.

3.3 Renal Surgery 1. Following anesthesia, position the animals in right lateral
recumbence.

2. Perform a paravertebral laparotomy to locate the left renal
artery and kidney in the retroperitoneal space (see Note 4).

3. Carefully isolate the renal artery from the surrounding con-
necting tissue and fat taking care not to damage the renal
nerves. Place a transit-time flow probe (4 mm) around the
vessel, and then wrap with a silicone sheet. Suture both the
probe and the film with polyamide suture after having ensured
that the probe is in good alignment with the artery (see Note
5). This technique has been previously validated to provide an
accurate index of RBF in conscious sheep [17].

4. Isolate the left renal vein, taking care not to damage the renal
nerves. Insert a Tygon catheter (ID 1.0 mm, OD 1.5 mm) into
the renal vein and secure in place with a purse string suture for
blood sampling.
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5. Expose the left kidney from the surrounding tissue and fat.
Insert the custom-built fiber-optic probes (450 μmouter diam-
eter) with 20 mm of optical fiber extending from the outer
sheath into the medulla and cortex along tracks prepared by
previous insertion of a 25-gauge needle (514 μm outer diame-
ter; Fig. 1) (see Notes 6 and 7).

6. Insert each probe 20 cm into the kidney, one at an acute angle
(~10�), so that the probe tip is positioned within the cortex
(~3–4 mm below the renal capsule) and one at a ~60� angle, so
that the tip is positioned within the medulla (6–10 mm below
the renal cortex (Fig. 1) (see Note 8).

Fig. 1 Implantation of combination fiber-optic probes in the renal cortex and
medulla to measure perfusion and oxygenation in conscious sheep. (a) location
of the cortical and medullary probes and the sites of the renal transit-time flow
probe and renal vein catheter. (b) photograph showing the implantation of fiber
optic probes in an anesthetized sheep. Figure reproduced from Calzavacca
et al. (2015) Am J Physiol Regul Integr Comp Physiol; 308: R832-R839, with
permission [12]
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7. Confirm the positions of the probe tips at post mortem at the
end of experimentation.

8. Tunnel the renal flow probe cable and the two renal vein
catheters subcutaneously and exteriorize near the lumbar
spine. Exteriorize the two fiber optic probe cables through
the surgical wound. Close the longitudinal and transverse mus-
cles in layers with a running suture, and close the skin with a
continuous suture lock technique (see Note 9).

9. After the surgical implantation of all probes, insert a Tygon
catheter (ID 1.0 mm, OD 1.5 mm) ~20 cm into the carotid
artery for measurement of arterial pressure and collection of
blood. Secure the catheter in place using a purse string suture.
Insert two polythene catheters into the left jugular vein: one for
the infusion of saline (ID 1.19 mm, OD 1.7 mm) and one for
administering E. coli (0.58 mm, OD 0.96 mm) (see Note 10).

10. Following cannulation, switch the anesthetic off, and once the
animal has regained consciousness, gently move it into an
individual metabolic cage for recovery, as previously described.

Animals are allowed at least 5 days recovery from the renal
surgery procedure in order to minimize any effects of surgical
stress, prior to experimentation.

3.4 Animal

Preparation

Carry out all experiments in conscious sheep to avoid the con-
founding effects of anesthesia, which has been shown to inhibit
the increases in CO and RBF in sepsis.

1. The day prior to the start of experiments, insert a Foley bladder
catheter (size 12) and connect this to the fraction collector for
collection of urine at hourly intervals.

2. Connect the arterial line to a pressure transducer to allow
measurement of mean arterial pressure (MAP) and heart rate
(HR). Connect the pulmonary and renal probes to a flowmeter
for monitoring CO and RBF (Figs. 2 and 3).

3. Connect the fiber optic probes to OxyLite™ 2000 and Oxy-
FLo™ monitors for continuous monitoring of renal cortical
and medullary laser-Doppler flux (arbitrary units), tissue oxy-
gen tension (PO2; mmHg) and tissue temperature (�C)
(Fig. 3).

4. Continuously record analog signals for MAP, HR, CO, RBF,
cortical and medullary laser-Doppler flux, tissue PO2, temper-
ature in conscious sheep at 100Hz on a computer using a CED
micro 1401 interface and Spike 2 software (Cambridge Elec-
tronic Design, Cambridge, UK) (Fig. 3) (see Note 11).

5. Calculate stroke volume (SV), total peripheral conductance
(TPC) and renal vascular conductance (see Note 12).
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3.5 Experimental

Protocol

1. The day following the insertion of the bladder catheter, start
measuring cardiovascular and renal variables over a 24 h base-
line period (Figs. 2 and 3).

2. Following 24 h of baseline measurements, induce sepsis by
intravenous infusion of live E. coli (6.8 � 107 colony forming
units [CFU]/kg over 20 min in normal saline) as a bolus,
followed by a continuous infusion for 24 h (3 � 107 CFU/
kg/h) (Figs. 2 and 3) (see Note 13).

3. Administer fluid replacement intravenously with normal saline
(154 mM NaCl, at 1 mL/kg/h) using a Gemini PC-1 volu-
metric infusion controller from the start of the baseline period
until the end of the intervention period (72 h) to prevent
hypovolemia.

4. Collect arterial and renal venous blood samples at baseline, just
prior to E. coli infusion, and then at 4, 8, 12, and 24 h of sepsis,
and at the end of the recovery period for measurement of blood
oximetry and lactate (ABL System 625). Calculate renal

Fig. 2 Changes in mean arterial pressure, heart rate, total peripheral conductance and cardiac output in
conscious sheep during a 24-h baseline period, a 24 h infusion of Escherichia coli, and a 24-h recovery period.
Data are mean � SEM. *p < 0.01 compared with baseline; n ¼ 8 up to 28 h (filled circles) and then n ¼ 6
(open circles). Figure reproduced from Calzavacca et al. (2015) Crit Care Med; 43: e431–e439, with
permission [16]
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oxygen delivery (RDO2), renal oxygen consumption (RVO2)
and renal oxygen extraction ratio (see Note 14).

5. Simultaneously, collect arterial blood and urine samples for
measurement of creatinine and sodium. Calculate creatinine
clearance, as a measure of glomerular filtration rate, and frac-
tional sodium excretion (see Note 15).

Fig. 3 Changes in renal blood flow and conductance, cortical and medullary tissue perfusion and oxygenation
in conscious sheep during a 24-h baseline period, a 24 h infusion of Escherichia coli, and a 24-h recovery
period. Data are mean � SEM. *p < 0.01 compared with baseline; n ¼ 8 up to 28 h (filled circles) and then
n ¼ 6 (open circles). Figure reproduced from Calzavacca et al. (2015) Crit Care Med; 43: e431–e439, with
permission [16]
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6. After induction of sepsis for 24 h, stop the E. coli infusion, and
give animals an intramuscular injection of gentamycin
(150 mg) and monitor the sheep over a 24 h recovery period
(Figs. 2 and 3). If required, it is possible to continue the
infusion of E. coli up to 48 h [6].

7. At the end of the 24 h recovery period, humanely euthanize the
animals with an overdose of pentobarbital intravenously
(Lethabarb, 100 mg/kg).

8. Remove the kidneys at autopsy in order to confirm the posi-
tions of the fiber-optic probe tips and to visualize any signs of
hematoma.

4 Notes

1. Induce anesthesia with intravenous injection of sodium thio-
pentone (15 mg/kg) to enable endotracheal tube placement
(cuffed size 10).

2. Following tracheal intubation, connect the animals to a
mechanical ventilator and maintain anesthesia with oxygen/
air/isoflurane (end-tidal isoflurane, 1.5–2.0% v/v). Alter frac-
tional inspired oxygen to maintain PaO2 at approximately
100 mmHg and control ventilation to maintain PaCO2 at
approximately 40 mmHg.

3. Mix tryptone, yeast, and NaCl in 1000 mL distilled water in
bottle, and autoclave (125 �C, fluid cycle for 1.5 h) with cap
half unscrewed and allow to cool overnight. Divide the broth
into 50 mL aliquots in sterilized falcon tubes and store at
�4 �C.

4. Make a (~10 cm) paravertebral skin incision, then blunt dissect
the underlying transverse and longitudinal muscle layers to
reveal the peritoneum and gently ease the peritoneum away
from the muscle layer.

5. Collect (~5 mL) of blood from the animal at the start of the
surgery and allow clotting in a sterile container. Add these
blood clots to fill the gap between the flow probe and the
artery. The blood clots and silicone sheet prevent movement
of fat into the probe window and the silicon sheet also con-
tributes to immobilizing the probe in the proper position.

6. Each combination probe consists of a dual-fiber-laser-Doppler
probe for estimating tissue perfusion by measurement of laser-
Doppler flux, a single-fiber fluorescence optode for measuring
tissue oxygen tension, and a thermocouple for measuring tissue
temperature.

7. To prepare flexible sheet to secure the probes in the kidney,
apply PVC glue thinly over a single layer of gauze, and allow
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to dry overnight. Before insertion of probes, join the outer
sheath of each probe with PVC glue to the flexible sheet
(2.0 � 1.0 cm).

8. Cut out four triangular segments from the flexible sheet, so
that it fits flush to the kidney surface before being glued to the
kidney capsule with cyanoacrylate adhesive.

9. Fasten the fiber optic and flow probe connecting leads to the
wool on the sheep’s back, to prevent tangling and chewing of
lines.

10. Securely fasten the arterial and venous lines to the wool on the
sheep’s back and connect to a pressurized bag of heparinized
saline (10 IU heparin/mL) and continuously infused at 3 mL/
h to maintain patency of the catheters.

11. Run all flow probe and fiber-optic cable connecting leads at the
back of the cage over a freely revolving tube (10 cm diameter),
allowing continuous monitoring of cardiovascular and renal
variables in freely moving sheep in their metabolic cages.

12. Calculate stroke volume (SV) as CO/HR, total peripheral
conductance (TPC) as CO/MAP adrenal vascular conductance
(RVC) as RBF/MAP.

13. Measure the concentration of E. coli for infusion using a
VITEK colorimeter. To reconstitute E. coli, add 100 μL of
stock solution into 10 mL of broth and incubate overnight
for 12–15 h. Following incubation, dilute E. coli with
30–35 mL of broth until the desired concentration is achieved.
A 30% calorimeter reading is established to have
1.4 � 109 CFU/mL via microbiology examination.

14. Calculate renal O2 delivery (RDO2), O2 consumption (RVO2)
and O2 extraction ratio as follows: RDO2 ¼ (arterial O2

content/100) � RBF; RVO2 ¼ [(arterial � renal venous O2

content)/100] � RBF; O2 extraction ratio ¼ [(arterial � renal
venous O2 content)/(arterial O2 content)] � 100.

15. Calculate creatinine clearance as CreatinineUrine/Creatinine-

Plasma � UrineVolume/Time, and fractional sodium excretion
as SodiumUrine/SodiumPlasma � CreatininePlasma/Creatini-
neUrine � 100.
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Chapter 17

An In Vitro Model of Traumatic Brain Injury

Ellaine Salvador, Malgorzata Burek, and Carola Y. Förster

Abstract

Traumatic brain injury (TBI) is a significant problem causing high mortality globally. Methods to increase
possibilities for treatment and prevention of secondary injuries resulting from the initial physical insult are
thus much needed. TBI affects the central nervous system (CNS) and the neurovascular unit as a whole in
numerous ways but one of the primarily compromised components is the blood–brain barrier (BBB).
In this chapter, we present a detailed procedure on how stretch injury and oxygen–glucose deprivation

(OGD) are applied to brain microvascular endothelial cells of the BBB in order to replicate the actual impact
they receive during TBI.

Key words In vitro model, Traumatic brain injury, Stretch injury, Murine cerebrovascular endothelial
cells, cEND

1 Introduction

The study of traumatic brain injury (TBI) requires a model system
that allows a close representation of the actual event. Various in vivo
and in vitro models in different animals are available [1]. Nonethe-
less, in vitro models enable better manipulation and provide easier
handling for experimental purposes. Hence, they are the preferred
model for investigation of mechanisms involved in the sequelae of
events following injury. It is believed that in vitro models of
mechanical injury are a valuable tool for the study of the cellular
consequences of TBI. In addition, they are useful for evaluation of
potential therapeutic strategies of TBI [2]. Among the currently
developed methods, the use of stretch in cultured cells via a stretch-
inducing apparatus has gained acceptance in many laboratories. The
use of stretch was first developed by Ellis and coworkers [3]
through the establishment of the cell-injury controller (CIC)
machine. Stretch has been used to injure various cell types in vitro
[3–7]. Administration of stretch to cultured murine brain endothe-
lial cells has also been employed in studying the cellular and
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molecular mechanisms involved in TBI at the blood–brain barrier
(BBB) [8].

The cell injury controller is a device that induces injury to
cultured cells through delivery of a controlled pulse of compressed
gas to the cells in culture medium [7]. The mechanism behind its
function is modelled after the hypothesis that TBI occurs as a
function of the strain and strain rate experienced by the central
nervous system (CNS) during a traumatic insult. In using the CIC
device, cells cultured on plates with elastic membrane bottom are
required. The machine applies pressure to the wells through a
controlled flow of gas. The pressure generates a biaxial stretch
injury whose severity can be manually set and controlled.

Meanwhile, oxygen–glucose deprivation (OGD) is the method
of choice in replicating ischemia in vitro. Reduction of blood supply
during ischemia results in a decrease of oxygen as well as glucose in
the brain. Ischemia generally proceeds after the occurrence of head
injury and is thus a part of the sequelae of events during TBI. Thus,
its combination with stretch would better replicate the actual events
occurring during TBI.

An important aspect of a suitable in vitro model system for TBI
is the cell line of choice. Although various cell types ranging from
astrocytes, neurons and endothelial cells [3, 5, 6] generated from
murine, bovine and human sources have been employed, favored
for the investigation of alterations in the BBB as a result of TBI are
brain endothelial cells. In our laboratory, the brain microvascular
endothelial cells cEND have been generated as an in vitro BBB
model [9, 10] and are employed for our TBI studies in vitro. TBI
leads to BBB disruption and the resulting increase in cerebrovascu-
lar permeability contributes to vasogenic brain edema and inflam-
mation [11, 12]. These, in turn, can significantly influence TBI
outcome. Therefore, studying the changes that occur at the BBB
during TBI through an in vitro model system using cerebrovascular
endothelial cells could be useful in finding strategies to deal with
both the primary and secondary events that take place during
actual TBI.

The protocol provided herein is subdivided into four sections,
namely: preparation and culture of cEND cells, differentiation of
cEND cells prior to stretch, stretch-induced injury of the cells, and
oxygen–glucose deprivation (OGD) of the cells.

2 Materials

The following materials are needed for conducting in vitro TBI
experiments using stretch:

2.1 Equipment 1. Stretch-injury machine (e.g., Cell Injury Controller (CIC) II
(FlexCell International Corp, USA).
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2. Cell culture incubator.

3. Hypoxic work station or incubator (e.g., Ruskinn Invivo2
Hypoxia Work Station, The Baker Company, USA).

4. Heat Plate (Optional).

5. Pipettor.

2.2 Biological

Material

1. Cerebrovascular endothelial cells (e.g., cEND).

2. Collagen-coated 6-well flexible bottomed culture plates (e.g.,
BioFlex, FlexCell International Corp, USA).

2.3 Buffers,

Solutions, and Media

1. Endothelial cell culture medium (supplemented with fetal
bovine serum, endothelial cell growth supplement, endothelial
growth factor, hydrocortisone, heparin, L-glutamine, and anti-
biotic–antimycotic solution).

2. Serum-stripped fetal calf serum.

3. Phosphate buffered saline (PBS).

4. Trypsin–EDTA solution.

5. Viability Stain (e.g., Image-iT®DEADGreen™Viability Stain,
Invitrogen).

6. LDH Release Assay Kit (e.g., Cytotoxicity Detection Kit Plus,
Roche).

3 Methods

An important factor for the success of the in vitro TBI experimental
procedure described here is the condition of the cultured cells. The
cells should remain viable and morphologically suitable. Much care
should be given in the proper maintenance of the cells for use in the
experiments. In so doing, one is assured that the cells remain intact
after stretch. The following outlines a detailed methodology of
carrying out stretch-induced injury in cultured cEND cells fol-
lowed by oxygen–glucose deprivation (OGD). A method of asses-
sing the viability of the cells after application of stretch and OGD is
also described. Protein and mRNA expression analyses methods
subsequent to the treatment are not described herein. However,
standard methodologies are available in published literature for
reference (see Fig. 1).

3.1 Preparation and

Culture of cEND Cells

1. Prior to experiment, cultivate cerebromicrovascular endothelial
cells (cEND) or any other brain microvascular endothelial cells
of choice in T75 culture flask until confluent. Medium should
be changed twice a week (see Note 1).

2. Upon reaching confluence, cells need to be seeded into 6-well
flexible bottomed culture plates precoated with collagen. To do
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this, first, wash the cells with phosphate buffered saline (PBS).
Next, remove the PBS and trypsinize the cells with 2 mL warm
trypsin-EDTA solution (see Note 2).

3. Allow the cell layer to be dispersed by incubating at 37 �C for
5 min (see Note 3).

4. Next, add 5 mL culture medium containing fetal calf serum to
deactivate trypsin into the cells. Tap the flask gently with the
hand several times to facilitate cell detachment.

5. View cells under the microscope to ensure complete detach-
ment from flask.

6. Afterward, pipette medium with detached cells up and down
for homogenous distribution of cells in the medium. Swirl the
flask to mix the cell suspension.

7. Take 100 μl of the cell suspension for cell counting. Put appro-
priate amount in a hemocytometer and count the number of
cells.

8. Subsequently, determine the cell density and use 20,000 cells/
cm2 of the well for seeding. Prepare the desired cell density by
diluting the initial cell suspension with the appropriate volume
of cell medium.

9. Transfer the cell suspension into collagen precoated 6-well
flexible bottomed culture plates in a total volume of 3 mL/
well.

10. Allow the cells to grow until confluent at 37 �C for 1 week.
Change the culture medium twice per week.

3.2 Differentiation

of cEND Cells Prior

to Stretch

1. Cells require differentiation before stretch injury. In order to
induce differentiation of cells in culture, change the regular
culture medium with medium containing 1% serum-stripped
fetal calf serum (ssFCS) (see Note 4).

2. Incubate the cells at 37 �C for 24 h.

Fig. 1 Schematic representation of the described protocol. We describe in detail the seeding of the cells on
flexible-bottomed plates, applying stretch to the cells and culturing the cells under oxygen/glucose deprivation
conditions. We refer to other publications for Western blotting and qPCR protocols. We describe the
assessment of cell injury using live/dead staining and cytotoxicity assay
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3.3 Stretch-Induced

Injury of cEND Cells

1. Turn on the cell injury controller device. Set the delay to 50 ms
and the regulator pressure to 15 psi or an experimentally tested
psi depending on the desired severity of injury using the knob.
Make sure that the peak pressure is stable by pressing the
trigger a couple of times until the gauge registers a stable
value of between 3.5 and 4.5 psi. Depending on the pressure
applied, the cells can be subjected to low, moderate or severe
stretch. Table 1 provides a guide for generating various degrees
of stretch injury and set the desired regulator pressure accord-
ing to the desired injury (see Fig. 2).

2. Place the 6-well flexible bottomed culture plate into the tray
holder. When using a small plate, use the small adapter plug
and the big plug for a large plate. Make sure that the well
selector is set to the correct well size before proceeding.

3. Place the adapter plug firmLy over the well. Hold the plug
firmLy into place with one hand while the other hand presses
the trigger (see Note 5).

4. Record the peak pressure generated upon pushing the trigger
(see Note 6).

5. Put the plate back immediately into the 37 �C incubator for
15 min before evaluation. Incubation may be varied depending
on the experiment (see Note 7).

3.4 Oxygen–Glucose

Deprivation (OGD) of

Stretched Cells

1. After allowing the cells to recover for 15 min after stretch
injury, wash the cells with PBS. Afterward, replace the cell
culture medium with medium lacking D-glucose and 1%
serum-stripped fetal calf serum.

2. Next, incubate the cells in a hypoxic work station or incubator
with the following conditions: 0.5% O2, 5% CO2, saturated
humidity atmosphere and 37 �C for 4 h.

3. After 4 h, change the medium with endothelial cell culture
medium containing glucose. The cells may be reoxygenated
by allowing them to recover in the 37 �C for 20 h, or may be
evaluated immediately.

Table 1
A guide for setting the degree of stretch injury

Regulator pressure (psi) Peak pressure (psi) Degree of injury

15 1.2–1.5 <Low

20–25 1.8–2.0 Low

30–35 2.5–3.0 Moderate

40–50 3.5–4.5 Severe

60 4.8–6.0 >Severe
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3.5 Live/Dead

Staining and

Cytotoxicity Assay

1. For assessment of cell viability, apply 100 nm of any viability
stain of choice to the cells immediately after stretch and/OGD.
Next, view the cells under the microscope (see Fig. 3).

2. Alternatively or in addition, after stretch and/or OGD, mea-
sure cytotoxicity by assessment of lactate dehydrogenase
(LDH) enzyme release. Collect culture medium from treated
cells for measurement of LDH released by the cells.

3. Afterward, wash the cells with PBS 2�. Aspirate the medium
and add the lysis buffer. Collect the lysed cells and centrifuge at
maximum speed for 5 min. Discard the cell pellet and use the
supernatant to measure the maximum releasable LDH in the
cells.

4. Pipette an appropriate amount of the samples into a 96-wells
plate. Add the reaction mixture composed of LDH catalyst and
dye solution. Incubate at 37 �C for 30 min (see Note 8).

5. Finally, add the stop solution to each well. Shake for 10 s. Read
the absorption using a microplate reader at 490 or 495 nm.

Fig. 2 Stretch injury setup. The 6-well silastic-bottomed plate containing the
cells is firmLy placed over the tray. The adapter plug is then placed over the well
and the trigger is pushed to stretch the cells
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4 Notes

1. cEND cells can be generated by isolation of murine brain
capillaries [9, 10]. Other brain endothelial cells may also be
used. cEND cells are sensitive to abrupt changes in tempera-
ture. Thus, it is recommended that handling of the cells outside
the 37 �C incubator be kept to a minimum. If a heat plate is
available, it is suggested to keep the cells in contact with the
plate set at 37 �C as much as possible at all times during
handling. Medium and PBS need to be prewarmed at 37 �C
prior to use.

2. Although cEND cells remain relatively adherent to the bottom
of the wells during handling, care is still needed with regard to
washing the cells. Make sure that the cells will remain intact by
pipetting in the PBS through the wall of the well and not on
top of the cells. Do the same when aspirating the medium or
PBS during washing or medium replacement.

Fig. 3 Fluorescence microscopy of stretched brain microvascular endothelial cells. Cells become permeant to
the viability dye when injured. Fluorescence increases with increased degree of injury. (a) No stretch (b) Low
Stretch (c) Moderate Stretch (d) Severe Stretch. Scale bar: 100 μm
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3. When the cells are left to be in trypsin too long, there is a
tendency for them not to be able to survive. Therefore, it is
good to start with a short trypsinization time of 2 min. If the
cells are already detached within this time, one does not have to
do it in 5 min.

4. ssFCS can be prepared by adding activated charcoal to heat
inactivated fetal calf serum to a final concentration of 1% and
Dextran T-70 to a final concentration of 0.1%. The mixture
should be incubated for 1 h at room temperature (RT) with
agitation in a shaker. Next, the charcoal is pelleted by centrifu-
gation at 12,000 � g for 15 min. The supernatant is then
filtered through a vacuum using Whatman filter #4. Afterward,
it is filter-sterilized with a 0.2 μM sterile filter. Aliquots are
stored at �20 �C prior to use [13].

5. Ensure that the adapter plug is set firmLy in place and that
there is no open space between it and the well as this could
result to variations in generated peak pressure fromwell to well.
To achieve uniform peak pressure, the registered pressure
should be stable. It is suggested that a cell-free well containing
the same amount of medium as those to be used in the experi-
ment be available for calibration. Use this well to generate a
stable peak pressure by pushing the trigger several times while
the adapter plug is held over the well, before proceeding with
the actual experiment.

6. It is not unusual to generate varying peak pressures when
performing the stretch injury. Recording the registered peak
pressure would aid in the exclusion of wells that received peak
pressures which do not fall within the desired range.

7. One should take care that stretch injury be performed with as
little time as possible since exposure of the cells to varying
temperatures is not good and could consequently affect the
results. It is also advised that the cells be put back immediately
to the 37 �C incubator after stretch injury.

8. It is very important to protect the samples from light when
performing this step. Variations and deviations in the results
may be avoided if this is done.
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Chapter 18

An In Vitro Oxygen–Glucose Deprivation Model for Studying
Ischemia–Reperfusion Injury of Neuronal Cells

Myoung-gwi Ryou and Robert T. Mallet

Abstract

Ischemia–reperfusion syndromes of the heart and brain are the leading cause of death and long-term
disability worldwide. Development of effective treatments for myocardial infarction, stroke, cardiac arrest
and their sequelae requires preclinical models that replicate specific features of ischemia–reperfusion. The
complexities of intact animals, including the integrated function of organ systems, autonomic innervation
and endocrine factors, often preclude detailed study of specific components of ischemia–reperfusion injury
cascades. Ischemia represents the interruption of metabolic fuel and oxygen delivery to support cellular
oxidative metabolism; reintroduction of oxygen upon reperfusion of ischemic tissue triggers oxidative stress
which initiates the reperfusion injury cascade culminating in injury and death of cells and tissues. Thus,
cultured cells subjected to hypoxia, fuel deprivation and reoxygenation replicate the cardinal features of
ischemia–reperfusion, while accommodating interventions such as siRNA suppression of specific genes and
pharmacological activation or inhibition of signaling cascades that are not feasible in more complex
preparations, especially intact animals. This chapter describes an in vitro OGD-reoxygenation cell culture
model, an excellent preparation to examine the cellular mechanisms mediating ischemia–reperfusion injury
and/or cytoprotection.

Key words Apoptosis, Cell culture, Ischemia–reperfusion (I/R) neurons, Oxygen–glucose depriva-
tion (OGD)

1 Introduction

Ischemia and reperfusion (I/R) injury is the central pathogenic
event in many of the leading maladies afflicting the human popula-
tion, including ischemic stroke [1], coronary artery disease [2], and
circulatory arrest [2], and is a frequent comorbidity of invasive
cardiothoracic and vascular surgeries. Despite extensive preclinical
and clinical efforts, recombinant tissue plasminogen activator
(rtPA) remains the only FDA-approved clinical treatment for ische-
mic stroke, and its effective time window is limited to the first 4.5 h
after stroke onset. Because of rtPA’s limited treatment window,
only 4–5% of stroke patients benefit from rtPA treatment [3]. The
failure to identify robust treatments could be due in part to
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limitations of experimental models and protocols, particularly in
in vitro preparations. On the other hand, carefully conducted
in vitro OGD-reoxygenation experiments will provide fundamental
and meaningful information regarding molecular mechanisms of
ischemia–reperfusion-induced injury in heart and brain, particu-
larly myocardial infarct, ischemic stroke, and cardiac arrest. Cur-
rently, numerous in vitro OGD-reoxygenation models have been
developed, but detailed, step-by-step documentation of the experi-
mental protocols oftentimes is not readily available, making reca-
pitulation of the experiments challenging at best. Accordingly, the
goal of this chapter is to provide methodological details regarding
oxygen-glucose deprivation experiments in cultured cells, a facile
in vitro model of ischemia–reperfusion, so as to assist investigators
performing in vitro OGD-reoxygenation experiments (see Fig. 1) in
a commercially available, auto-O2 regulated hypoxia chamber.

2 Materials

All solutions were prepared with ultrapure water, produced by
distilling deionized water to attain a resistance of �18 MΩ cm at
25 �C. Mouse hippocampus derived neuronal HT22 cells of <20
passages were used in this protocol.

2.1 Cell Culture 1. High glucose (25 mM) Dulbecco’s minimal essential medium
(DMEM; Gibco, Grand Island, NY, USA) was stored at 4 �C.

2. Antibiotics: Penicillin and streptomycin cocktail (Sigma-
Aldrich, St. Louis, MO).

3. Phosphate-buffered solution (PBS): 150 mM NaCl, 2.6 mM
KCl, 8.1 mM Na2HPO4, and 2.5 mM KH2PO4. pH was
adjusted to 7.4.

2.2 Oxygen–Glucose

Deprivation (OGD)

Stress

1. Media: DMEM without glucose or pyruvate: 0.4 mM glycine,
0.4 mM L-Arginine hydrochloride, 0.2 mM L-cysteine 2HCl,
4 mM L-glutamine, 0.2 mM L-isoleucine, 0.8 mM L-leucine,

Fig. 1 Proposed OGD-reoxygenation model. Glc Glucose, OGD oxygen–glucose deprivation, FBS fetal bovine
serum
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0.79 mM L-lysine hydrochloride, 0.2 mM L-Methionine,
0.4 mM L-Phenylalanine, 0.4 mM L-Serine, 0.8 mM L-Threo-
nine, 0.08 mM L-Tryptophan, 0.4 mM L-Tyrosine disodium
salt dehydrate, 0.8 mM L-Valine, 0.03 mM Choline chloride,
0.01 mM D-Calcium pantothenate, 0.01 mM Folic Acid,
0.03 mM Niacinamide, 0.02 mM Pyridoxine hydrochloride,
0.001 mM Riboflavin, 0.012 mM Thiamine hydrochloride,
0.04 mM i-Inositol, 1.8 mM Calcium Chloride (CaCl2)
(anhyd.), 2.48 mM Ferric Nitrate (Fe(NO3)3 · 9H2O),
0.8 mM Magnesium Sulfate (MgSO4) (anhyd.), 5.33 mM
Potassium Chloride (KCl), Sodium Bicarbonate (NaHCO3),
110.3 mM Sodium Chloride (NaCl), 0.9 mM Sodium Phos-
phate monobasic (NaH2PO4 · H2O), 0.04 mM Phenol Red.

Locke’s media: 154 mM NaCl, 5.6 mM KCl, 2.3 mM CaCl2,
1.0 mM MgCl2, 3.6 mM NaHCO3, 5 mM HEPES. pH was
adjusted to 7.2 to mimic ischemia-induced acidemia.

2. Hypoxia Chamber: Auto-controlled hypoxia chambers (Bio-
Spherix, Lacona, NY, USA) were used in this protocol to
impose severe hypoxia (0.1% O2 atmosphere).

2.3 Reoxygenation Reoxygenation Solution: 100 mM Na-Pyruvate, 1.1 M d-glucose

2.4 Cell Viability

Assay

1. Calcein AM (1 μmol/L), fluorescent microplate reader (Infi-
nite 200 pro, TECAN, San Jose, CA, USA).

Add 1 mL of Dimethyl Sulfoxide (DMSO) to calcein AM stock
(1 mM).

2. Annexin-V.

3. Propidium iodide.

4. 10� binding buffer: HEPES (0.1 M, pH 7.4), NaCl (1.4 M),
CaCl2 (25 mM).

5. Flow cytometry (BD LSR II, San Jose, CA, USA).

3 Methods

A variety of cultured cells could be exposed to the
OGD-reoxygenation stress. However, depending on cell type, sev-
eral factors must be considered, including 1) Duration of pre OGD
incubation, 2) Seeding cell density, 3) Composition of culture and
OGD media, 4) Reoxygenation sequence. The following text
describes a protocol designed to study mouse hippocampus-
derived neuronal HT22 cells.

3.1 Cell Preparation HT22 cells are mouse hippocampus derived neuronal cells, which are
not oncogenic cells. Attachment to culture plate and stabilization of
HT22 cells is relatively fast in comparison to other primary cells, such
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as astrocytes and neurons. The larger number of attached cells
renders these cells more resistant than other cells to the OGD stress,
so the duration of seeding prior to OGD is critical. HT22 cells
(5 � 103 cells/well in 96-well plate, 1 � 105 cells/wells in 6-well
plate) were seeded for 16–20 h before imposingOGD, at which time
cells should be approximately 60% confluent. Higher degrees of
confluence will minimize the impact of OGD on these cells.

3.2 Oxygen–Glucose

Deprivation (OGD)

1. Cells are washed with PBS (pH 7.4) three times (see Note 1).

2. DMEMwithout glucose and pyruvate was added to cell culture
well (see Note 2).

Alternative OGD buffers can be used to place the cells under
more extreme OGD stress. An example is glucose-free extra-
cellular Locke’s medium (see Subheading 2.2, item 2).

3. Hypoxia chamber setting: Set the O2 concentration to 0.1%
and duration 6 h (see Notes 3 and 4).

3.3 Reoxygenation Immediately after scheduled OGD treatment, process following
reoxygenation treatment.

1. 1 μl of 100� pyruvate and dextrose mix is added to 100 μl of
OGD media (96-well plate preparation) at the beginning of
reoxygenation (see Notes 5 and 6).

3.4 Evaluation of

OGD and

Reoxygenation Stress

Calcein AM assay and apoptotic cell deaths are determined with
flow cytometry along with Annexin-V and propidium iodide stain
(see Note 7).

3.5 Calcein AM

Assay

1. Dilute 1 vol calcein AM stock in 1000 vol PBS.

2. After OGD-reoxygenation, cells are carefully washed with PBS
(pH 7.0).

3. Add 100 μl calcein AM and return the plate to the incubator for
10–30 min (longer incubations will affect nearby wells).

4. Dump the calcein AM solution from plate (invert over sink
with force) (see Note 8).

5. Rinse the wells with PBS (add 150 μl PBS and then dump this
solution) (see Note 8).

6. Wrap plate with aluminum foil to prevent light exposure (see
Note 9).

7. Allow the plate to sit at room temperature for 15 min and then
read fluorescence.

8. Image could be taken under fluorescent microscope (see
Fig. 2).
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3.6 Flow Cytometry

with Annexin-V

and Propidium Iodide

Stain [4]

1. Wash the cells with PBS (2�).

2. Resuspend cells in 1� binding buffer (1 � 106 cells/mL).

3. Transfer 100 μl of the solution (1 � 105 cells) to a 5 mL
culture tube.

4. Add 5 μl of FITC Annexin V.

5. Add 10 μl of propidium iodide (see Note 10).

6. Gently mix the cells by vortex and incubate for 15 min at room
temperature in the dark.

7. Add 400 μl of 1� binding buffer to each tube.

8. Analyze by flow cytometry within 1 h (see Note 11).

4 Notes

1. In order to ensure consistent basal sample conditions, it is
important to minimize the loss of the cells during washing
process.

2. 100 μl media/well, 96-well plate; and 1.5 mL media/well,
6-well plate.

3. The chamber’s auto-control system permits O2 concentration
to be adjusted between 0.1% and 21% O2. Depending on tissue
and organ, in situ O2 concentration is about 2–3% [5]. The
diffusion of hypoxic air through culture medium slowly occurs
which might limit the rate of O2 adjustment. For reference, in
cell preparations contained in 10 cm culture plates with 10 mL
of media in auto-controlled hypoxia chambers (BioSpherix,
Lacona, NY, USA), it takes about 20–30 min for media O2

concentration to equilibrate to the chamber O2 concentration.

Fig. 2 Cell viability assay image by calcein AM. HT 22 cells were treated with either normoxia (left) or
OGD-reoxygenation (right). Normoxic HT22 cells maintain morphological integrity and express more green
fluorescent intensity than cells subjected to OGD-reoxygenation

An in Vitro Oxygen-Glucose Deprivation Model for Ischemia-Reperfusion Injury 233



Therefore, it is important to minimize the volume of culture
media to facilitate more rapid equilibration [6].

4. Duration of OGD conditioning: It is important to determine
the appropriate OGD exposure duration before proceeding to
your experiment. For experiments to study the protective effect
of an agent, choose a duration that causes 40–50% cell death in
the absence of the treatment. If cell death is too extreme, e.g.,
�80%, the effects of agents will be difficult to detect or quantify
in vitro setting. In the case of HT22 cells, 4–6 h exposure to
0.1% O2 will produce c. 50% cell death.

5. The final concentrations of glucose and pyruvate in media were
11 mM and 1 mM, respectively. By adding 100� dextrose and
pyruvate to preexisting OGD media at the beginning of reoxy-
genation, metabolites and free radicals generated during OGD
are still able to influence the experimental outcomes. Concen-
trated glucose and pyruvate will minimize dilution of metabo-
lites and of specific treatments.

6. Reoxygenation mimics the reperfusion phenomenon. There-
fore, it is important to retain the metabolites generated during
OGD, and the timing of treatment at the beginning of reoxy-
genation is critical. A typical mistake is to completely remove
OGD media at the beginning of reoxygenation and replace it
with complete culture media.

7. OGD-reoxygenation stress-induced cellular damage is readily
assessed by various assays, such as Calcein AM assay, MTT
(3-(4,5-Dimethylthiazol-2-Yl)-2,5-Diphenyltetrazolium Bro-
mide) assay, lactate dehydrogenase release, and measuring apo-
ptotic (or necrotic) markers.

8. Especially after longer OGD and reoxygenation, cells can be
easily detached from plate, so careful handling is required.

9. Fluorescent intensity from calcein AM is sensitive to light
exposure, and therefore it is important to avoid exposing the
preparation to light.

10. The optimal concentration of propidium iodide may vary
among cell lines, but 10 μl of a 50 μg/mL stock is most likely
the maximum concentration required. Lower PI concentra-
tions may yield optimal results in some experimental systems.

11. Keep the sample on ice without light exposure.
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Chapter 19

Measurement of Microvascular Endothelial Barrier
Dysfunction and Hyperpermeability In Vitro

Bobby Darnell Robinson, Chinchusha Anasooya Shaji, Angela Lomas,
and Binu Tharakan

Abstract

Loss of microvascular endothelial barrier integrity leads to vascular hyperpermeability and vasogenic edema
in a variety of disease processes including trauma, ischemia and sepsis. Understanding these principles gives
valuable information on pathophysiology and therapeutic drug development. While animal models of
traumatic and ischemic injuries are useful to understand vascular dysfunctions associated with such injuries,
in vitro barrier integrity assays are reliable and helpful adjuncts to understand the cellular and molecular
changes and signaling mechanisms that regulate barrier function. We describe here the endothelial mono-
layer permeability assay and transendothelial electrical resistance (TEER) measurement as in vitro methods
to test changes in microvascular integrity and permeability. These in vitro assays are based on either the
measurement of electrical resistance of the monolayer or the quantitative evaluation of fluorescently tagged
molecules (e.g., FITC-dextran) that pass through the monolayer when there is damage or breakdown.

Key words Microvascular permeability, Endothelium, Monolayer permeability, TEER

1 Introduction

The endothelium is metabolically active and plays an important role
in physiological processes such as the control of vasomotor tone,
the trafficking of leukocytes between blood and underlying tissue,
angiogenesis, and both innate and adaptive immunity [1]. Endo-
thelial cells provide a nonthrombogenic monolayer surface that
lines the lumen of blood vessels and functions as a cellular interface
between blood and tissue. Epithelial cells line and provide a protec-
tive layer for the cavities and lumens of the body. Epithelial and
endothelial cells are connected to each other via intercellular junc-
tions that differ in their morphological appearance, composition,
and function. The tight junction is the intercellular junction that
regulates diffusion and allows both of these cell layers to form
selectively permeable cellular barriers that separate apical (luminal)
and basolateral (abluminal) sides in the body, thereby controlling
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the transport processes to maintain homeostasis. Barrier integrity is
vital for the physiological activities of the tissue [2].

The function of exchange vessels is to allow the unhindered
transfer of dissolved gases, ions, and solutes across the vessel wall.
The vast majority of these substances are low in molecular weight
and higher in concentration in the plasma than in the interstitium;
thus, passive diffusion is the chief transport mode for these solutes
[3]. The transport of macromolecules larger than 3 nm, such as
albumin, IgG, and other macromolecules, occurs transcellularly
through transcytosis or vesicular transport. Molecules smaller
than 3 nm, such as glucose, water, and ions, can pass through
paracellular pathways [4]. Vasoactive substances and mechanical
stress triggered by hemodynamic forces, such as mechanical stretch
and shear stress, stimulate endothelial cell signaling [5].

Epithelial and endothelial disruption leads to many of the
derangements seen in trauma. To maintain normal brain function,
the neural environment must be preserved within a narrow homeo-
static range; this requires a tight regulation of transportation of
cells, molecules and ions between the blood and the brain. Such
tight regulation is maintained by a unique anatomical and physio-
logical barrier, formed collectively in the central nervous system
(CNS). Blood–brain barrier (BBB) disruption leads to cerebral
edema causing elevated intracranial pressure (ICP), decreased cere-
bral blood flow, poor tissue oxygenation, brain herniation, and
induction of apoptotic cell death [6]. These factors have increased
patient morbidity and mortality. Endothelial permeability in the
lungs causes pulmonary edema and causes respiratory distress; this
damage not only causes exudate formation but also attenuates its
clearance [7]. Damage to the tight junctions of the gastrointestinal
system may precede and promote translocation of bacteria (migra-
tion of microbes or their products into mesenteric lymph nodes),
endotoxins (such as lipopolysaccharides), and pathogen-associated
molecular patterns (PAMPs) into the portal venous system and
extraintestinal sites [8].

Endothelial cell dysfunction and breakdown can be studied in
various traumatic situations including burn, hemorrhage, sepsis,
and traumatic brain injury. The two in vitro techniques to measure
that will be discussed in this chapter are: monolayer permeability
assay and transepithelial/transendothelial electrical resistance
(TEER) measurement. The monolayer permeability assay creates
a functional endothelium with a single layer of endothelial cells and
studies the permeability of a fluorescent solute as it passes from the
luminal to abluminal compartment. Between 4 and 6 data points
(wells) is sufficient to find statistical difference. Sample readings can
be converted with the use of a standard curve to albumin concen-
tration. These concentrations were then used in the following
equation to determine the permeability coefficient of albumin
(Pa), Pa ¼ [A]/t � 1/A � V/[L], where [A] ¼ abluminal
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concentration, t ¼ time in s, A ¼ area of membrane in cm2,
V ¼ volume of abluminal chamber, and [L] ¼ luminal
concentration [9].

The electrical resistance of a cellular monolayer, measured in
ohms, is a quantitative measure of the barrier integrity. The classical
setup for measurement of TEER consists of a cellular monolayer
cultured on a semipermeable filter insert that defines a partition for
apical (or upper) and basolateral (or lower) compartments. For
electrical measurements, two electrodes are used, with one elec-
trode placed in the upper compartment and the other in the lower
compartment, and the electrodes are separated by the cellular
monolayer. The ohmic resistance is calculated based on Ohm’s
law as the ratio of the voltage and current. The measurement
procedure includes measuring the blank resistance (RBLANK) of
the semipermeable membrane only (without cells) and measuring
the resistance across the cell layer on the semipermeable membrane
(RTOTAL): RTOTAL includes the ohmic resistance of the cell layer
RTEER, the cell culture mediumRM, the semipermeable membrane
insert RI, and the electrode medium interface REMI. The cell-
specific resistance (RTISSUE), in units of Ω, can be obtained as:
RTISSUE (Ω) ¼ RTOTAL � RBLANK. Then reported as: TEERRE-

PORTED ¼ RTISSUE (Ω) � Membrane (M)AREA (cm2). Resistance is
inversely related to permeability.

2 Materials

1. Human BrainMicrovascular Endothelial Cells (HBMECs), Rat
Brain Microvascular Endothelial Cells (RBMECs) and
RBMEC Medium.

2. Opti-MEM (MEM)/reduced serum medium and Dulbecco’s
modified Eagle’s medium (DMEM; with high glucose,
HEPES, no phenol red).

3. Phosphate buffered saline (PBS).

4. Fluorescein isothiocyanate (FITC)-dextran.

5. Permeability assay performed with Costar Transwell
membranes.

6. Fluorometry measured at 485/520 nm (Excitation/Emission)
using Fluoroskan Ascent™ FL Microplate Fluorometer and
Luminometer.

7. Epithelial Volt/Ohm Meter (EVOM2) together with STX2
electrode purchased from World Precision Instruments.
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3 Methods

3.1 Monolayer

Permeability Assay

1. Grow RBMECs/HBMEC attached to 100 mm plates to
confluency.

2. Put 100 μl fibronectin in to chamber; allow it for 30–60 min in
37 �C incubator for cell attachment.

3. RBMECs were seeded at a density of 105 cells/cm2 on the
fibronectin-coated Costar Transwell membranes

4. Add 600 μl media to unused lower chambers, now transfer
inserts to lower chamber.

5. Add 100 μl of cells to each well.

6. Incubate the cells at 37 �C until confluent, typically 3–5 days
depending on the cell type

7. Aspirate the old media and add 600 μl of phenol red free media
such as or Opti-Minimal Essential Medium (MEM) for 1 h,
both in upper (100 μl) and lower chamber (600 μl)

8. Treat with required inhibitor for 1–3 h (depending on inducer)

9. Add inducer for 1–3 h to inducer inserts and inducerþ inhibitor
inserts only (see Note 1)

10. Expose to 10 μL of 5 μg/mL FITC-dextran for 30 min

11. Collect 100 μl from lower chamber and read in opaque black
96 well plate @485 and 520 nm in fluorimeter (Fig. 1).

3.2 TEER 1. Place apparatus on a heating pad at 37–40 �C.

2. Wash electrode and endohm chambers twice with deionized
(DI) water.
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Fig. 1 Monolayer permeability study using human brain microvascular endothelial cells (HBMECs). Control
vs. Treatment with 200 μM H2O2 for 2 h. Presented as percent control. H2O2 increased permeability
significantly. *p < 0.05
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3. Connect all wires but do not turn on.

4. Aliquot DMEM media that you used for the monolayer study
to use for your TEER readings.

5. Soak the upper and lower electrode in this media for 10 min
prior to taking the reading, with the EVOM2 (submerge top
electrode with media).

6. After priming the electrodes (soaking them in the desired
media) remove the media from the lower chamber of the
endohm.

7. Add 1 mL of the desired media into the lower chamber of the
endohm (on heating pad).

8. Remove the desired monolayer plate from the incubator and
place it next to endohm.

9. Take the cell monolayer inserts from the tray and place into the
lower chamber of the endohm (membrane should NOT sit on
the bottom electrode. There needs to be space between bottom
of monolayer membrane and the bottom electrode so that
there is a free flow of current) (Fig. 2).

10. Place the top electrode on the endohm. Ensure the top elec-
trode is submerged in the media of the monolayer chamber (see
Notes 2 and 3).

11. View the level of media in the bottom chamber in relation to
the level of media in the monolayer with the top electrode in
it. Try to get the level of media in the lower chamber and in the
monolayer chamber to be more or less equal (see Note 4).

Fig. 2 Classic TEER setup with chopstick electrodes
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12. When media levels are equal, wait for the readings on the
EVOM2 to stabilize (same reading for 3–6 s) then record.

13. The final unit area resistance (Ω cm2) was calculated by multi-
plying the sample resistance by the effective area of the mem-
brane (see Note 5).

4 Notes

1. Hydrogen peroxide, bradykinin, histamine, or proinflamma-
tory cytokines such as IL-1β are all well-tested inducers of
permeability.

2. If the top electrode is out of the media and in the air, or if there
are bubbles on the top electrode, then there may be artificially
high readings (typically >12,000) on the EVOM2.

3. If the electrodes start to give fluctuating readings, the chloride
tips might need to be rechloritized. Soak the electrodes in 5%
bleach for 10–15 min (purple black layer forms on electrodes)

4. In standardization attempts, typically 180 μL in upper mono-
layer chamber with 1 mL in lower chamber gives equal levels,
but this may have to be modified based on changes in media
and cell type.

5. Multiply by 0.33 cm2 for Costar Transwell inserts.
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