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Preface

The multicomponent nature of biological membranes and their intra- and extracellu-
lar interactions make direct investigations on the membrane structure and processes
nearly impossible. Clearly, a better understanding of the membrane properties and
the mechanisms determining membrane protein functions is crucial to the imple-
mentation of biosensors, bioreactors and novel platforms for medical therapy. For
this reason, the interest in model systems suitable for the construction and study
of complex lipid/protein membrane architectures has increased steadily over the
years. The classical portfolio of model membranes used for biophysical and in-
terfacial studies of lipid (bi)layers and lipid/protein composites includes Langmuir
monolayers assembled at the water/air interface, (uni- and multi-lamellar) vesicles
in bulk (liposomal) dispersion, bimolecular lipid membranes (BLMs), and various
types of solid-supported membranes. All these have specific advantages but also
suffer from serious drawbacks that limit their technical applications. Polymer mem-
branes comprised of entirely synthetic or hybrid (synthetic polymer/biopolymer)
block copolymers appeared to be an attractive alternative to the lipid-based models.
Generally, the synthetic block copolymer membranes are thicker and more stable
and the versatility of polymer chemistry allows the adoption of relevant properties
for a wide range of applications.

This volume provides a vast overview of the physico-chemical and synthetic as-
pects of artificial membranes. Numerous membrane models are described, including
their properties (i.e. swelling, drying, lateral mobility, stability, electrical conductiv-
ity, etc.), advantages, and drawbacks. The potential applications of these models are
discussed and supported by real examples.

Chapter 1 summarizes methods for the stabilization of artificial lipid membranes.
They include synthesis of new types of polymerizable lipids and polymerization
of membranes. Creation and characterization of novel poly(lipid) membrane sys-
tems, as well as their functionalization for biotechnological applications, are also
described. Chapter 2 addresses experimental studies on the design and characteri-
zation of lipopolymer-based monolayers at the air-water interface. Thermodynamic
and structural data collected with X-ray and neutron reflectrometry, infrared reflec-
tion absorption spectroscopy, and sum frequency generation spectroscopy provide
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information on how the lipopolymers organize at the air-water interface. Impor-
tant insight into the viscoelastic and lateral diffusion properties of these systems is
also given. The assembly and the structural and functional characterization of var-
ious types of polymer-supported lipid bilayer membranes are discussed in Chapter
3. It has been shown that the chemical nature of the polymer cushion can be di-
verse, ranging from polyelectrolytes to glycopolymers and cross-linked hydrogels,
which makes it possible to tailor the features of the polymer supports. Addition-
ally, important properties of the tethered membranes such as swelling in water of
the polymer tethers and lateral mobility of the lipid molecules are presented. Syn-
thetic block copolymer membranes represented mainly by vesicles are introduced
in Chapter 4. Here the discussion is focused on principles of vesicle formation,
membrane properties, and methods for vesicle preparation and characterization. Nu-
merous membrane-forming copolymer systems are presented, including copolymer
membranes with responsiveness to external stimuli. In addition, recent examples
demonstrating the use of vesicles as therapeutic formulations, for cellular target-
ing and as nanoreactors, revealed their high potential for bio-applications. Chapter
5 is dedicated to biohybrid vesicles consisting of a synthetic polymer and biologi-
cally relevant polymer, e.g. peptides and sugars. The self-assembly mechanism of
biohybrid amphiphilic polymers is described as a function of polymer composition
(geometrical packing of chains), hydrogen bonding, secondary structure interac-
tions and supramolecular complexation. The potential use of biohybrid membranes
as drug and gene carriers, bioreactors, and composite materials, as well as for cell
recognition, is accented. Finally, Chapter 6 reviews molecular models and com-
puter simulation techniques for amphiphilic vesicles formed either by lipid or block
copolymer molecules. System-specific, atomistic and coarse-grained representa-
tions of amphiphilic vesicles are considered. The discussion of the coarse-grained
models is particularly focused on how their parameterization can be related to the
material properties of specific systems. As these models are particle-based, their
equilibrium properties are obtained from a straightforward Monte-Carlo scheme.
The mechanical properties of the vesicles are established and compared with the
properties of a planar bilayer. Selected results demonstrated the effect of loading on
the vesicle stability and the mechanical properties of its bilayer shell.

In summary, we attempted to collect contributions from several expert groups
to summarize the current state of the art of artificial membranes. There still exist
many challenges and opportunities for improvement before at least some of these
developments are commercialized. Certainly, this process will call for a fruitful
interdisciplinary research and we hope that the current volume could be a useful
source of fundamental information.

The editors express their thanks to the authors and to the Springer group for their
help in publishing this book, and special thanks to Dr. Violeta Malinova for her very
valuable help in preparing this preface.

Basel and Vienna, Oct. 2009 Wolfgang Peter Meier
Wolfgang Knoll
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Membranes from Polymerizable Lipids

Han Zhang, James R. Joubert, and S. Scott Saavedra

Abstract Potential technological applications for artificial lipid and proteo-lipid
membranes, such as capsules for controlled delivery of drugs and coatings for
biosensors and biomaterials, are in many cases limited by the inherent instability
of lipid lamellar phases. Development of methods to stabilize artificial lipid mem-
branes has therefore been a focus of research efforts since the 1970s. Linear and
cross-linking polymerization of synthetic lipid monomers is a well-studied strat-
egy. Several comprehensive reviews on polymerizable lipids and supramolecular
structures derived from them appeared between 1985 and 2002. Consequently, this
review focuses on significant developments in this field during 2000–2008. These
include synthesis of new types of polymerizable lipids, creation and characterization
of novel poly(lipid) membrane systems, and applications of polymerized vesicles
and membranes in chemical sensing, separations science, drug delivery, materials
biocompatibility, and energy storage. Polymerization of membranes to achieve sta-
bility and their functionalization for technological applications are emphasized.

Keywords Lipid bilayer · Liposome · Lipo-polymer · Planar lipid membrane
· Poly(lipid) · Polymerizable lipid · Stabilized membrane
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PEM Polyelectrolyte multilayer
POPC 1-Palmitoyl-2-oleoylphosphatidylcholine
PSLB Planar supported lipid bilayer
PTPE 1-Palmitoyl-2,10,12-tricosadiynoyl-sn-glycero-3-

phosphoethanolamine
PWR Plasmon waveguide resonance
Rho Bovine rhodopsin
SAM Self-assembled monolayer
SUV Small unilamellar vesicle
TEM Transmission electron microscopy
TIRF Total internal reflection fluorescence
TM Thrombomodulin
TMP Transmembrane protein
XPS X-ray photoelectron spectroscopy

1 Introduction

Amphipathic lipids are composed of a hydrophilic headgroup and one or more hy-
drophobic tails [1]. When hydrated, the hydrophobic tails aggregate to minimize
their energetically unfavorable interactions with water molecules, which drives the
spontaneous organization of lipids into a variety of supramolecular assemblies [2].
The molecular organization and morphology of these assemblies depend on the lipid
concentration, temperature, pressure, and the presence of nonamphiphilic additives
(e.g., metal ions). The most familiar and widely studied lipid assemblies are the
lamellar (bilayer) phases, principally the solid-analogous

(
Lβ

)
phase and the more

disordered liquid crystalline (Lα) phase. This is due to the fact that amphipathic
lipids are the major architectural component of membranes in biological cells [1].
They function as barriers between subcellular compartments as well as between
the cell and its surrounding environment. More importantly, cellular membranes
mediate all communication between subcellular compartments, the cytoplasm, and
the extracellular environment. In addition to regulating the transport of ions and
molecules, membranes transmit information in the form of localized structural
changes. For example, ligand binding to a TMP may cause a conformational change
in the receptor, along with local membrane deformation, which triggers an enzy-
matic signaling cascade on the opposite side of the membrane.

The highly complex and variable composition of natural cell membranes makes
them a difficult subject for experimental studies. Artificial lipid membranes have
consequently been prepared and studied for many years as models of cell mem-
branes [1, 3–7]. A diverse array of geometries has been developed, including small
and large unilamellar vesicles, giant lipid vesicles, lipid membranes supported on
solid and polymer-coated substrates, and BLMs. These have been used to study the
physical and chemical properties of lipids and lipid mixtures as well as membrane-
associated proteins, including reconstituted transmembrane receptors.
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Potential technological applications for artificial lipid and proteo-lipid mem-
branes, such as capsules for controlled delivery of drugs and biocompatible coatings
for synthetic materials, were recognized early in their development [3, 8, 9]. For
these and other applications, the inherent instability of lipid lamellar phases may
pose a limitation. Specifically, the molecules in a bilayer composed of monomeric
lipids are self-organized by relatively weak intermolecular interactions that are
insufficient to maintain the lamellar structure under many types of chemical, me-
chanical, and/or thermal stresses. Consequently, partial or complete loss of the
bilayer structure occurs upon exposure to conditions that may be encountered during
use of a lipid-based molecular device, such as extended storage, removal from water,
or exposure to chaotropic agents (e.g., surfactants)[10–14]. Development of meth-
ods to stabilize artificial lipid membranes has therefore been a focus of research
efforts since the 1970s [8, 15–20]. These methods include: (1) linear and cross-
linking polymerization of synthetic lipid monomers (e.g., [13]); (2) polymerization
of nonlipid monomer units incorporated into the bilayer (e.g., [21]); (3) adsorption
or surface grafting of hydrophilic polymers (e.g., [22]); (4) biospecific adsorption
of protective protein coatings (e.g., [23]); and (5) incorporation of lipids that span
both leaflets of the bilayer, such as bolaamphiphiles (e.g., [24]). This review focuses
primarily on (1), with some coverage of (2) and (3).

Polymerizable groups are introduced into amphipathic lipids by chemical synthe-
sis and can be located anywhere along the lipid tails or linked to the headgroup [25].
The self-organization of reactive lipids into a supramolecular assembly yields a reg-
ular array of the polymerizable groups. A large variety of these groups and methods
to polymerize them have been described in the literature (see reviews [3, 25–29]).
Mono-substituted lipids form linear polymers whereas bis-substituted lipids can be
cross-linked. It is well established that the structural properties of poly(lipid) bilay-
ers, such as the degree of polymerization (Xn), the extent of conversion, and the
degree of cross-linking, are highly dependent upon a number of factors, including
the type of polymerizable moiety and the method of polymerization. All of these pa-
rameters should in turn affect the fluidity, permeability, elastic moduli, and stability
of the bilayer.

Several comprehensive reviews on polymerizable lipids and supramolecular
structures derived from them appeared between 1985 and 2002 [3, 25–31]. Conse-
quently, this review focuses on developments in this field during 2000–2008. These
include synthesis of new types of polymerizable lipids, creation and characterization
of novel poly(lipid) membrane systems, and applications of polymerized vesicles
and membranes in chemical sensing, separations science, drug delivery, materials
biocompatibility, and other fields.

This article is organized primarily on the geometry of the supramolecular struc-
ture (e.g., vesicle, planar supported film, etc.). Functionalization of poly(lipid)
structures and their technological applications are presented in a separate section
as these have expanded greatly as the field has matured. The analytical techniques
available for characterization of substrate-supported, thin organic films have ad-
vanced considerably since polymerized lipid films were first reported in the early
1980s, and examples of the use of these techniques to study poly(lipid) membranes
are presented throughout this review.
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2 Supported Poly(Lipid) Membranes

Planar supported lipid membranes were first prepared and studied as simplified
structural models of cell membranes [4, 6, 32], and more recently as biocompati-
ble coatings for sensor transducers and other synthetic materials [33–37]. A major
advantage of the planar geometry relative to vesicles, and a major contributor to
the expansion of this field, is the availability of powerful surface-sensitive analyti-
cal/physical techniques. Confining a lipid membrane to the near-surface region of a
solid substrate makes it possible to study its structural and functional properties in
detail using a variety of techniques such as surface plasmon resonance, AFM, TIRF,
attenuated total reflection, and sum frequency vibrational spectroscopy [38–42].

In this chapter, supported membrane structures are divided into two major classes
as follows.

First, a PSLB is formed either directly on a hydrophilic solid substrate (e.g., glass
or mica) or on a substrate that has been coated with a thin, hydrophilic layer, such as
a PEG cushion [4]. The cushion serves as a spacer to decouple the inner lipid mono-
layer from the substrate surface, allowing for incorporation of membrane proteins
having water-soluble domains that protrude beyond the lipid headgroups. PSLBs
are typically deposited using either LBS techniques [43], self assembly via vesicle
fusion [44], or a combination of these methods. The major advantage of LBS depo-
sition is that the packing density and lipid composition of the film can be precisely
controlled. With the appropriate choice of composition and deposition conditions,
lateral organization and membrane asymmetry can be specified. Vesicle fusion is
usually restricted to deposition of fluid-phase lipids and cannot be used to create
asymmetric PSLBs; however, technically it is much simpler than LBS deposition
and is therefore more widely used.

Second, several types of asymmetric supported bilayer structures, in which the
composition of the two monolayers is different, have been created as alternatives to
symmetric PSLBs. One example is the HBM [45, 46]. The inner monolayer in an
HBM is an alkyl SAM, typically an alkanethiol on gold, upon which an outer lipid
monolayer is deposited by either LBS or vesicle fusion methods. A more sophisti-
cated type of asymmetric supported bilayer is the tethered bilayer lipid membrane
(tBLM) in which the SAM is replaced with an inner lipid monolayer. Some or all of
the molecules in the inner monolayer are covalently tethered to the underlying sup-
port, usually through a hydrophilic linker that creates a water-swollen spacer layer
between the tBLM and the substrate surface [47–51].

In addition to planar substrates, both PSLBs and HBMs can be deposited on
spherical particles such as silica or polymer beads [52–55]. Typically beads with
diameters in the range of 0.1–5μm are used. From the perspective of a single lipid

molecule that occupies an area of ca. 60Å
2

in the plane of a lipid bilayer, the surface
of a bead in this size range can be approximated as planar.

PSLBs and HBMs composed of fluid-phase lipids, such as DOPC, can be sta-
ble under water for up to several days. However, the bilayer structure is degraded
upon exposure to a variety of conditions such as surfactant solutions, surface-active
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proteins, and removal from water [10, 11, 14]. In an asymmetric supported bilayer,
covalent tethering of the inner monolayer enhances its structural stability. How-
ever, when the outer monolayer is composed of fluid lipids that are associated
solely via noncovalent interactions, it is inherently unstable, similar to a fluid-phase
PSLB [36, 56].

2.1 Hybrid Bilayer Membranes

Asymmetric bilayers have been fabricated using polymerizable lipids in an at-
tempt to achieve stabilization through monolayer polymerization [36, 56–64]. In
a series of publications, Chaikof and coworkers described HBMs formed by de-
positing monoacrylate-functionalized lipids on several types of substrate surfaces
[36, 56, 62–64]. In an effort to develop more effective lipid polymerization meth-
ods, Orban et al. [56] compared photoinitiated free radical polymerization, using
eosin Y/triethanolamine (Fig. 1), to thermal initiation using AAPD as in their ear-
lier work [36]. A monolayer of acrylatePC was fused on a SAM formed from OTS
on glass or an oxidized Si wafer. The advancing and receding water contact angles
of the photopolymerized film were 57◦ and 39◦, respectively, as opposed to 65◦ and
46◦ for the thermally polymerized film, suggesting fewer defects in the former type.
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Fig. 1 Photopolymerization to generate a poly(acrylatePC) monolayer on an alkylated support.
Reprinted with permission from [56]. Copyright 2000, American Chemical Society
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The source of these defects may be monomer loss, which likely occurs during ther-
mal polymerization because the reaction proceeds over a relatively long period at a
temperature that exceeds the acrylatePC melting point.

Photoinitiation was found to enhance HBM stability relative to thermal initiation.
Photopolymerized films showed little change in contact angle during a 1-week in-
cubation period in water whereas for thermally polymerized films, increases >10◦
were observed. The authors hypothesized that thermal polymerization generates a
higher proportion of oligomers and/or low molecular weight polymer chains that
more readily desorb due to a lower average adsorption energy. However, the con-
tact angle for both types of films increased significantly when they were incubated
in surfactant solution. These results are consistent with studies showing that lin-
early polymerized lipids are significantly less stable to dissolution in surfactants
than cross-linked lipids [11, 13, 65].

In another study, Liu et al. [66] used a PEM in place of an OTS SAM to create a
new type of membrane for encapsulation of cultured cells. The PEM was composed
of several alternating layers of poly(lysine) and alginate, capped with an amphiphilic
terpolymer synthesized from N,N-dioctadecylcarbamoyl propionic acid, hydrox-
yethylacrylate, and styrene sulfonate. The octadecyl chains provided a hydrophobic
surface on which the acrylatePC was fused, then photopolymerized (Fig. 2). Coat-
ing alginate beads with the PEM/HBM multilayer significantly reduced the release

Fig. 2 Schematic representation of poly(acrylatePC) monolayer on an amphiphilic terpolymer
supported on a PEM. Reprinted with permission from [66]. Copyright 2002, American Chemical
Society
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of fluorescently-tagged dextrans that were encapsulated in the beads. Using opti-
mized coating conditions, the viability of encapsulated CHO cells was >90%. A
subsequent study showed that the same strategy could be used to encapsulate rat
pancreatic islets [67]. This work demonstrated the potential for using a poly(lipid)
membrane to modulate and possibly control molecular transport to/from cells en-
capsulated in a hydrophilic polymer matrix. Additional studies addressed the ex
vivo and in vivo biocompatibility of PEM/HBM multilayers, showing that they re-
duced platelet adhesion from flowing blood [68] and resisted cellular and fibrotic
overgrowth when implanted in mice [69].

The outer surface of these HBMs can be functionalized by incorporating an
acrylate-phosphoethanolamine (acrylatePE) into the lipid monolayer. Sun et al.
[70, 71] described synthesis of acrylatePEs that were conjugated with biotin, a
maleimidocaproyl group, or a fluorophore at the amino terminus of the headgroup.
Fluorescent acrylatePEs mixed with acrylatePC were used to coat alginate beads,
and enhanced stability characteristic of a poly(lipid) film was observed. The avail-
ability of these lipids indicates the potential for creating poly(HBM)-based materials
for fluorescent tagging and biospecific labeling of cells and tissues.

In the HBMs described above, enhanced stability derives from multivalent inter-
molecular interactions among linear lipo-polymers in the outer monolayer, relative
to the fewer number of interactions expected per monomer in an unpolymerized
HBM. An alternative strategy is to link covalently the lipid tail(s) to the inner
monolayer, as described by Krishna et al. [60]. They used a four-step approach to
create poly(acrylatePC) coatings on silicone catheters (Fig. 3): (1) plasma polymer-
ization of allyl alcohol on the catheter surface; (2) reaction with acryloyl chloride;
(3) vesicle fusion of monoacryloyl-terminated lipids on the acryloyl functionalized

Fig. 3 Schematic illustration of the procedure for chemically grafting a polymerized lipid mono-
layer onto a silicon catheter surface. Reprinted with permission from [60]. Copyright 2005,
Elsevier
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catheter surface; (4) thermal initiation using AAPD, which should produce both
intra- and intermonolayer linkages. The water contact angle of these films was 58◦,
significantly less than that measured for acryloyl-functionalized surfaces. These data
along with XPS, scanning electron microscopy, and AFM data indicated that a lipid
film was grafted onto the silicone surface. Furthermore, there was no significant
change in contact angle after immersion in distilled water for 72 h, whereas ph-
ysisorbed lipids were desorbed under the same conditions within a day [72]. The in
vitro biocompatibility of catheter surfaces was assessed by measuring the surface
coverage of adhered platelets and their morphology. Poly(lipid)-coated catheters
were effective in reducing platelet adhesion relative to unmodified surfaces, sug-
gesting that this approach may be useful for improving the blood compatibility of
silicone medical devices. Similar results were achieved with an acrylated copolymer
that was spin-coated onto silicon wafers prior to fusion and photopolymerization
of acryloyl-lipids [72]. In a subsequent paper, HBMs modified with 10mol% of a
PEG-capped, acryloyl-terminated single chain amphiphile were described [57]. This
design should further reduce protein adsorption and platelet adhesion although no
evaluations of biocompatibility were reported.

2.2 Supported Lipid Bilayers

Fabricating a supported lipid bilayer in which both monolayers are composed of
polymerizable lipids results in formation of a polymeric network in each monolayer.
Furthermore, if the reactive groups are located at the termini of the acyl chains, the
monolayers can be covalently linked, which is inherently more stable than a HBM
in which lipid polymerization occurs in only one monolayer.

Some of the earliest research in poly(lipid) films and vesicles was based on
bis-diacetylene-modified lipids [15, 19, 73]. Polymerization of these lipids can be
readily initiated using UV light, and the polymer product can be easily detected
by its visible absorbance or fluorescence. However, the efficiency of diacetylene
polymerization is highly dependent on the molecular packing of the monomers.
The topotactic nature of the reaction dictates that the bilayer must be in the solid-
analogous

(
Lβ

)
phase; thus film deposition is usually performed using the LBS

technique. Incomplete conversion of monomer to polymer is a frequent problem.
A consequence of incomplete polymerization is shown in Fig. 4. The AFM image
and linescan were acquired on a PSLB composed of DiynePC that was deposited
by the LBS technique, polymerized with UV light, removed from water, rinsed and
dried [11]. The film morphology is rough with numerous defects having apparent
depths of 2–6nm. These defects were likely caused by desorption of oligomers or
unreacted monomers when the PSLB was removed from water, as depicted schemat-
ically in Fig. 5.

It is important to note that the poly(DiynePC) bilayer shown in Fig. 4 was uni-
form in appearance when it was viewed by optical microscopy at a magnification of
400×. This comparison illustrates that assessment of defect density in a supported
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Fig. 4 AFM image and line scan of a dried poly(Diyne) PSLB deposited by the LBS technique
and polymerized by direct UV irradiation for 1 h. The image area is 1×1 μm2 with a height scale
of 5 nm

Fig. 5 Schematic of desorption of unreacted monomers and/or oligomers when a polymerized
PSLB is rinsed and dried. This process creates defects that expose the hydrophobic core of the
bilayer

poly(lipid) film depends on the measurement technique used and demonstrates the
power of AFM for characterizing poly(PSLB) structure and defect density on sub-
micron length scales.

In contrast to diacetylenes, lipids with alkene-functionalized chains (e.g.,
acryloyl, dienoyl) can be polymerized in the Lα phase to a high degree of conver-
sion [74]. O’Brien and coworkers systematically studied polymerization of acryloyl
and dienoyl lipids in bilayer vesicles (see [25, 26] for reviews). Subsequently, the
Saavedra and O’Brien groups prepared and characterized solid supported bilayers
composed of dienoyl lipids (Fig. 6) [11, 75–77]. Several parameters relating
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Fig. 6 Structures of some polymerizable dienoyl lipids. Reprinted with permission from [11].
Copyright 2003, American Chemical Society

poly(PSLB) structure and stability to observations made in studies of polymerized
bilayer vesicles were examined, including comparisons of UV- and redox-initiated
radical polymerization, the number and location of the polymerizable moieties in
the lipid monomer, and deposition using either the LBS technique or vesicle fusion.

Some conditions were found to be particularly effective in producing highly uni-
form, extremely stable PSLBs [11]. For example, SUVs composed of bis-SorbPC
(Fig. 6) were fused to silica or glass substrates and then redox polymerized. After
rinsing and drying, these films have an ellipsometric thickness of 46Å, consistent
with that expected for a bis-SorbPC bilayer. AFM revealed a very low density of
defects, as illustrated by a comparison of images of poly(bis-SorbPC) (Fig. 7) to
poly(DiynePC) (Fig. 4). The sessile, advancing, and receding water contact angles
of poly(bis-SorbPC) PSLBs are 32◦, 37◦, and 8◦, respectively [11]. These values are
very close to those reported for a PC-based SAM on Au [78] and, along with the data
obtained on less-uniform PSLBs (see below), indicate that a well-ordered film of PC
groups has a sessile water contact angle of less than 40◦. It is notable that contact an-
gles reported for poly(lipid) HBMs are significantly higher than 40◦ [36,56,60,63].
A higher contact angle is indicative of a greater density of defects that expose the
hydrophobic interior of the lipid film to the ambient environment, and the defect
density reflects the relative stability of the film [11]. Thus the higher contact angles
reported for linearly polymerized HBMs are consistent with the expectation that
linear lipo-polymers should be less stable than cross-linked lipo-polymers.
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Fig. 7 AFM image and line scan of a dried poly(bis-SorbPC) PSLB deposited by the vesicle
fusion and polymerized using redox initiation. The image area is 1×1 μm2 with a height scale of
5 nm

Despite the absence of a covalent tether between the membrane and the under-
lying substrate, redox polymerized poly(bis-SorbPC) PSLBs are remarkably inert
to conditions that disrupt unpolymerized lipid bilayers [11]. No change in ellipso-
metric thickness was observed after repeated drying/rehydration or immersion in
surfactants and organic solvents. Insolubility is attributed to a high degree of cross-
linking coupled with multivalent interactions between polymer segments and the
substrate surface.

It is well established that the PC lipid films are highly resistant to nonspecific
protein adsorption [76, 79]. Ross et al. [76] examined the effects of polymerization
of dienoyl PC lipids on their protein resistance using AFM and TIRF microscopy
to measure the surface coverage of adsorbed BSA. Even after drying and rehydra-
tion or exposure to organic solvents or surfactants, redox polymerized bis-SorbPC
PSLBs exhibited resistance to BSA adsorption equivalent to a fluid PSLB composed
of POPC. Since cross-linking polymerization effectively eliminates lateral lipid dif-
fusion, these results establish that fluidity is not required for a PC lipid bilayer to
be protein resistant [79]. This work also demonstrated that measuring nonspecific
protein adsorption is a useful method to assess defect density in PC lipid films.

Redox polymerization of fused bilayers composed of DenSorbPC (Fig. 6)
also produced highly uniform and stable PSLBs [11]. Most of the other sets of
conditions investigated (lipid structure, deposition method, and polymerization
method) yielded PSLBs that contained a moderate density of defects after drying
[11, 75]. These films were typically thinner and had higher contact angles than
redox polymerized poly(bis-SorbPC). For example, UV-initiated polymerization
of bis-SorbPC films deposited by vesicle fusion generated dried PSLBs with a
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thickness of 28Å and sessile, advancing, and receding water contact angles of 59◦,
70◦, and 16◦, respectively [11]. Subsequent XPS and ToF-SIMS studies confirmed
that these films were less structurally intact than the corresponding redox polymer-
ized films [80]. The defects appear to be formed when unreacted monomers and/or
oligomers are desorbed from the film as it is passed through the air/water interface,
which generates a thinner film with a more hydrophobic surface (depicted in Fig. 5).
In vesicles, UV-initiated polymerization predominately generates oligomers that
are less stable to surfactant solubilization [13, 81], and it is assumed that this trend
extends to PSLBs. A significant increase in nonspecific protein adsorption on UV
polymerized PSLBs that had been dried and rehydrated confirmed that the defects
appeared only after removal from water [76].

PSLBs were also prepared using bis-DenPC (Fig. 6) [11]. However, redox poly-
merization produced films that were less stable and more defective than poly(bis-
SorbPC) films [11]. A possible explanation for this finding is that the two reactive
groups in bis-DenPC are adjacent to the glycerol backbone. In contrast, DenSorbPC
and bis-SorbPC have one and two polymerizable moieties located near the acyl ter-
mini, respectively; thus, it is possible that cross-linking occurs between the two
monolayers in poly(PSLBs) composed of these lipids. Such cross-linking is unlikely
to occur in poly(bis-DenPC) PSLBs. Ratnayaka et al. [82] addressed this topic by
preparing HBMs composed of a monolayer of poly(bis-SorbPC) on OTS. Although
cross-linking the outer lipid layer stabilized the HBM to drying, these films invari-
ably contained a higher density of defects than poly(bis-SorbPC) PSLBs prepared
under similar conditions by Ross et al. [11]. This difference is attributed to inter-
monolayer cross-linking, which can take place in a symmetric bis-SorbPC bilayer
but cannot in an HBM.

Although intermonolayer cross-linking appears to impart a high degree of sta-
bility to a PSLB, it also severely attenuates the lateral diffusion of membrane
constituents. In an effort to create lipid bilayers with intermonolayer linkages that
accommodate lateral lipid mobility, Halter et al. [83] synthesized lipids with reac-
tive groups at their acyl chain termini (see structures in Fig. 8). Complementary pairs
of these molecules, when assembled into adjacent monolayers, react to form cova-
lently bonded dimers that span the bilayer. This strategy is inspired by the structure
of membrane-spanning bolaamphiphiles found in the membranes of archaebacteria
that live in extreme environments [84].

Asymmetric PSLBs composed of 1,2-dimyristoyl-sn-glycero-3-phosphocholine
(DMPC) and varying mole fractions of these lipids were deposited using the
LBS technique (e.g., bilayers were composed of inner and outer monolayers of
DMPC/acrylatePC and DMPC/SH-DPPC (Fig. 8), respectively). Two-dimensional
electrophoresis monitored by fluorescence microscopy was used to measure lateral
diffusion coefficients in PSLBs as a function of the mole fraction of reactive lipids
in each monolayer. Bilayers containing 15mol% of reactive lipids were fluid, but
at 25mol% or greater, they were immobile, suggesting that these synthetic bolaam-
phiphiles aggregate and present obstacles to lateral diffusion. Stability assessments
were not reported.
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Fig. 8 Lipids designed to form intermonolayer covalent dimers: (1) Br-MPPC, (2) Br-DPPC, (3)
SH-DPPC, (4) acrylatePC, and (5) CPD-PC. Reactive pairs are 1+3, 2+3, 3+4, 4+5. Reprinted
with permission from [83]. Copyright 2004, American Chemical Society

2.3 Patterned Poly(Lipid) Films

High density, spatially addressable arrays of planar supported membranes have sig-
nificant potential in high throughput bioanalytical applications, including screening
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Fig. 9 Schematic of the
procedure used by Morigaki
and coworkers to create an
array of fluid PSLB patches
bounded by polymerized
DiynePC. Reprinted with
permission from [92].
Copyright 2007, American
Chemical Society

for pharmaceuticals that target membrane-associated proteins [85–87]. Photolithog-
raphy can be used to create micropatterns in supported bilayers of photopolymer-
izable lipids. In a series of papers [88–93], Morigaki and coworkers described
preparation and characterization of composite PSLBs in which fluid lipid corrals
are bounded by polymerized DiynePC. The PSLB is deposited using the LBS tech-
nique followed by UV-initiated polymerization through a mask to create a pattern
of unpolymerized lipids and cross-linked poly(lipid) (Fig. 9). After rinsing away the
monomers with organic solvent or surfactant, SUVs of a fluid lipid are then fused to
form fluid bilayers on the bare regions of the substrate. Fluorescence micrographs
in Fig. 10 illustrate the lateral organization of the composite membrane. Detailed
studies of the fusion process by TIRF microscopy and quartz crystal microgravime-
try indicate that the energetically unfavorable open edges of the poly(lipid) corrals
catalyze the formation of the array by destabilizing adsorbed SUVs [91]. This find-
ing suggests that the fluid lipid patches are stabilized by their interactions with the
poly(lipid) corrals.

The temperature at which the Langmuir monolayers of DiynePC are formed and
transferred to the substrate was found to affect significantly the homogeneity and
defect density of the polymerized PSLB [92]. This result may explain the hetero-
geneous morphology of poly(DiynePC) PSLBs reported in previous papers [11,89]
and illustrated by the AFM data in Fig. 4. Varying the period of UV irradiation can
be used to control the extent of polymerization in these composite membranes [90].
Vesicle fusion is used to incorporate monomeric lipids into partially polymerized
regions which consist of poly(DiynePC) domains that likely act as barriers to restrict
diffusion. This process can be used to create novel patterns such as a semipermeable
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Semi-permeable bilayer channel  

cba

Fig. 10 Fluorescence microscopy images. a A photolithographically patterned poly(DiynePC)
PSLB. The darker squares were blocked from UV illumination by the mask. The polymerized
grid is fluorescent and thus appears brighter due to the highly conjugated polymer backbone. b A
patterned PSLB composed of poly(DiynePC) (darker grid) and egg PC doped with Texas Red 1,2-
dihexadecanoyl-sn-glycero-phosphoethanolamine (TR-PE) that was fused into square areas after
removal of unpolymerized DiynePC. c A semipermeable bilayer channel (lighter red) that connects
two fluid lipid bilayer corrals (darker red). The channel was created by polymerizing DiynePC
with 40% of the UV light dose compared with the surrounding poly(DiynePC) area (green), then
backfilling the unpolymerized regions with egg PC doped with TR-PE, The scale bars are 50μm.
Reprinted with permission from [90]. Copyright 2004, American Chemical Society

Fig. 11 Tapping mode AFM
image of polymerized
vesicle stripes deposited on
glass substrates with μCP.
Reprinted with permission
from [94]. Copyright 2005,
American Chemical Society

(i.e., less fluid) channel connecting two fluid corrals (Fig. 10). These results suggest
the possibility of creating partially polymerized PSLBs that function as size- and
shape-dependent separation media.

Microcontact printing (μCP) is a technically simple method to create supramole-
cular patterns on planar substrates. Fang and coworkers used μCP to deposit
poly(DiynePC) vesicles in patterns onto glass slides (Fig. 11) [94]. The vesicles re-
mained firmly adsorbed even after immersion in buffer for 2 days. One-dimensional
lines and three-dimensional patterns were also adsorbed on glass using microflu-
idic delivery. These soft lithographic techniques could potentially be used to
create substrate-supported microarrays of functionalized vesicles (e.g., vesicles
that encapsulate molecular cargo and/or display membrane-bound ligands – see
below) for numerous applications, such as biosensing and charge storage.

Aspinwall and coworkers have developed methods to create three-dimensional
patterns of composite fluid and poly(lipid) bilayers in fused silica separation
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Fig. 12 Schematic representation of polymerized lipid patterning in a capillary. a SUVs prepared
using bis-SorbPC are fused to the inner capillary surface to create a uniform supported bilayer.
b The bilayer is polymerized via UV irradiation through a photomask placed over the capillary. c
Unpolymerized lipid is removed from the capillary to yield a poly(lipid) pattern. d SUVs composed
of other lipids are then fused into the bare silica regions between poly(bis-SorbPC) structures,
generating chemically functionalized patterns. Reprinted with permission from [96]. Copyright
2007, American Chemical Society

10 μm

50 μm

Fig. 13 Fluorescence images of 50 and 10 μm inner diameter capillaries patterned with alternating
segments of poly(bis-SorbPC) and 1:50 (mol/mol) Rhodamine-capped DPPE:DOPC. Reprinted
with permission from [96]. Copyright 2007, American Chemical Society

capillaries [95, 96]. The process is depicted schematically in Fig. 12. Bis-SorbPC
SUVs are fused on the inner wall of the capillary and polymerized using UV irra-
diation through a mask, generating a bar code-like pattern of fluid and polymerized
segments. The unpolymerized lipid monomers can be removed and replaced by
fusion of SUVs of a different composition, allowing the patterns to be visualized by
fluorescence microscopy (Fig. 13). Patterns were produced in capillaries with an in-
ner diameter down to 10μm, which provides a very high ratio of bilayer surface area
to volume of the contacting solution. Nonspecific protein adsorption to poly(bis-
SorbPC)-coated capillaries was greatly attenuated compared to bare capillaries, con-
sistent with prior evaluations [76]. The patterns are extraordinarily stable; no change
was observed after exposure to chloroform, Triton X-100, or dry storage in excess
of a year. Bioanalytical applications of these arrays can be realized by introducing
functionalized lipids into the fluid bilayer segments, as described below in Sect. 4.
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3 Polymerized Black Lipid Membranes

A free standing planar bilayer suspended across an aperture between two aqueous
compartments, known as a BLM, is another geometry that has been widely used
as a model for cell membranes [50, 97]. In contrast to substrate supported bilayers
and vesicles, the BLM has the advantage of allowing direct access to both sides
of the membrane. Thus BLMs have been widely used to perform electrochemical
measurements of transmembrane ion and molecular transport, particularly transport
mediated by reconstituted ion channel proteins. A significant disadvantage of BLMs
is that they are very unstable, with rupture usually occurring within a few hours after
formation [50, 97]. Development of methods to stabilize BLMs could open the way
for their use in biosensing platforms for drug screening applications.

Lipid polymerization as an approach to stabilization of BLMs was pioneered
by Benz et al. [98]. In two more recent papers, the UV-initiated polymerization of
diacetylenic lipids was examined as a strategy for creating BLMs with enhanced sta-
bility as well as compatibility with incorporated membrane proteins. Both Shenoy
et al. [99] and Daly et al. [100] reported that high impedance BLMs could be formed
using a monofunctional lipid, PTPE (Fig. 14a), either pure or mixed with DiPhyPC.
BLMs could not be formed reliably using bis-diacetylenic lipids (e.g., DiynePC),
which may be attributable to phase segregation (the main phase transition tempera-
ture of DiynePC is near 40◦C [92]). The high impedance of PTPE-based BLMs was
maintained after polymerization, and the average lifetime before rupture of equimo-
lar PTPE/DiPhyPC bilayers increased from 12.6 to 30.7 min [100].

The function of channel-forming proteins in these BLMs was also examined.
α-Hemolysin could be reconstituted into pure PTPE BLMs and its ionic conduc-
tance was maintained after UV polymerization, although it was unclear whether a
high conversion of monomer to polymer was achieved [99]. Gramicidin was inserted
into equimolar PTPE/DiPhyPC BLMs that were subsequently UV irradiated [100].
Channel activity was observed in the polymerized membrane (Fig. 14c) showing
that it was still fluid, which is a requirement for gramicidin to dimerize. Retention of
fluidity is not surprising given the high DiPhyPC content of the membrane and that
PTPE forms linear polymers; in fact, polymerization-induced phase segregation [26]
with gramicidin concentrated in DiPhyPC domains may explain the observed in-
crease in channel frequency after polymerization. Overall, these studies show that
lipid polymerization is a promising approach to improve the stability of BLMs while
maintaining their high impedance and compatibility with incorporated ion channels.
However, polymerization of diacetylenes produces rather stiff polymers, which may
not be the best choice for this application. In contrast, poly(dienes) are rubber-like
materials [26] that may be better suited to the requirements of a poly(BLM) stated
above.

Meier et al. [101] employed a different approach in which a BLM is formed
from a mixture of nonpolymerizable lipids and water-insoluble, nonlipid monomers
(styrene and divinylbenzene). After UV-initiated polymerization to produce a two-
dimensional, cross-linked network in the membrane, its stability was enhanced as
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Fig. 14 a Structure of PTPE. b,c Ion transport through gramicidin channels inserted into an
equimolar DiPhyPC/PTPE BLM b before irradiation and c after irradiation. Reprinted with permis-
sion from [99] (copyright 2005, American Chemical Society) and [100] (copyright 2006, American
Chemical Society)

assessed by a significant increase in the voltage required to cause membrane rupture.
However, after rupture the defect(s) resealed, showing the membrane fluidity was
maintained.

4 Poly(Lipid) Vesicles

Lipid bilayer vesicles (liposomes) are generally grouped into three size regimes:
giant (1μm or larger), large (100nm–1μm), and small (less than 100 nm) [1, 7].
Giant vesicles are large enough to be studied individually via optical microscopy.
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Large and small vesicles are more frequently studied as dispersed ensembles due to
their ease of preparation and compatibility with solution phase analytical/physical
methods. Lipid polymerization yields vesicles with enhanced stability to surfactants,
organic solvents, dehydration, and heat [26]. Polymerization also alters mem-
brane permeability to ions and molecules. These unique properties have spawned
development of stable nanocapsules, bioreactors, and sensors. Many if not most of
the liposomal architectures, methods to stabilize them, and technological applica-
tions discussed below have evolved from earlier pioneering work by many research
groups. The reader is referred to previous key reviews [3, 26, 28].

4.1 New Types of Reactive Lipids and Polymerized Vesicles
for Molecular Storage and Delivery

Most UV-polymerizable lipids are also sensitive to visible light, a problem that
makes their synthesis and handling more difficult. Stanish and Singh [102] synthe-
sized 1,2-bis(trideca-12-ynoyl)-sn-glycero-3-phosphocholine (DC10PC; Fig. 15), a
lipid having acyl chains terminated with acetylenic groups. DC10PC vesicles are
in a fluid phase at room temperature and do not readily undergo polymerization in
white light. Vesicles could be polymerized by γ-irradiation and retained their size,
shape, and dispersity for several months, indicating their potential for long term
storage of encapsulated molecules.

Liu and O’Brien [12] prepared extremely stable unilamellar vesicles from two
different cross-linkable lipids, 1-palmitoyl-2-[14-acryloxy-2,4-tetradecadienoic]-
sn-glycerol-3-phosphocholine (Fig. 16) and DenSorbPC (Fig. 6). Light scattering
measurements showed that after redox-initiated radical polymerization, both types
of vesicles were stable to the addition of 12 molar equivalents of Triton X-100

Fig. 15 Upper: DC10 PC (1,2-bis(trideca-12-ynoyl)-sn-glycero-3-phosphocholine). Reprinted
with permission from [102]. Copyright 2001, Elsevier. Lower: DPPE-DVBA (1,2-dipalmitoyl-sn-
glycero-3-phospho-N-(2-hydroxyethyl)-3,5-divinylbenzamide). Reprinted with permission from
[103]. Copyright 2003, American Chemical Society
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Fig. 16 Left:
Acryl/DenPC16,18
(1-palmitoyl-2-[14-acryloxy-
2,4-tetradecadienoic]-sn-
glycerol-3-phosphocholine).
Reprinted with permission
from [12]. Copyright 2002,
American Chemical Society.
Right: Polymerizable
acrylamide cationic lipid.
Reprinted with permission
from [104]. Copyright 2001,
American Chemical Society
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Fig. 17 a Mean diameters of lyophilized and redispersed vesicles of poly(DenSorbPC) (trian-
gles) as a function of added equivalents of Triton X-100 at 25◦C. Both monomeric (circles) and
polymerized (squares) vesicles of the same lipid before lyophilization and redispersion are shown
for comparison. b TEM images of poly(Acryl/DenPC16,18) vesicles. Reprinted with permission
from [12]. Copyright 2001, American Chemical Society

(Fig. 17a). After freeze-drying, vesicles could be rehydrated and redispersed, a
process aided by incorporation of either a negatively charged lipid (e.g., 1,2-diacyl-
sn-glycero-3-phosphatidic acid) or a hydrophilic polymer such as PEG. TEM
images of lyophilized vesicles showed conformal contact between neighboring par-
tially collapsed vesicles (Fig. 17b), demonstrating their permeability to water and
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their elastomeric character (i.e., they are not hard spherical objects). The capability
to lyophilize vesicles for storage and then quantitatively recover them increases
their shelf life and hence their utility as carriers.

Lawson et al. [103] synthesized 1,2-dipalmitoyl-sn-glycero-3-phosphoethanol-
amine (DPPE) and 1,2-dilauryl-sn-glycero-3-phosphoethanolamine containing the
3,5-divinylbenzoyl moiety linked to the PE headgroup. Divinylbenzene polymerizes
quickly and efficiently at room temperature, which is an important considera-
tion when encapsulating labile species such as enzymes in vesicles. DPPE–DVBA
(Fig. 15) vesicles were polymerized in only 5 min using 254 nm irradiation in the
presence of the radical initiator AAPD. Cross-linked vesicles could be redispersed
in water following freeze-drying and exposure to 95% ethanol. Phosphotriesterase
was entrapped in DPPE–DVBA vesicles and maintained 52% of its original activ-
ity (hydrolysis of methyl parathion) after polymerization. In a subsequent study,
organophosphorous hydrolase (OPH) stabilized in trehalose was encapsulated in
poly(DPPE–DVBA) vesicles that were freeze-dried and then redispersed in buffer
[105]. The OPH specific activity was about 80% of that measured before freeze-
drying; however, the relative activity dropped to 18% after storage for 3 weeks at
room temperature.

Cationic vesicles typically used for DNA delivery often self-aggregate or bind to
plasma proteins in vivo. Wu et al. [104] attempted to improve vesicle stability using
a cationic lipid with a cross-linkable acrylamide attached to the headgroup (Fig. 16).
Vesicles were polymerized using thermal initiation with AAPD. Compared to
monomeric vesicles, polymerized vesicles were less cytotoxic, more resistant to
aggregation in serum, and comparable in transfection activity using a vector en-
coding firefly luciferase.

Nakano’s group has explored the potential of poly(lipid) vesicles with encap-
sulated hemoglobin (Hb) as artificial substitutes for red blood cells [106]. For
this application, the need for stability during preparation and storage must be bal-
anced against the requirement for in vivo biodegradation to prevent accumulation
in the liver and spleen, possibly leading to toxic side effects. Mixed vesicles com-
posed of cholesterol, stearic acid, either bis-DenPC (Fig. 6) or 1-acyl-2-[(2E,4E)-
octadecadienoyl]-sn-glycero-3-phosphocholine (mono-DenPC), and in some cases
DPPC, were polymerized using γ-irradiation, which rendered them stable in size,
with negligible Hb leakage, through repetitive freeze–thaw cycles. However, intra-
venously injected vesicles containing poly(bis-DenPC) persisted in rat spleens after
30 days. Vesicles composed of poly(mono-DenPC)/DPPC/cholesterol/stearic acid
had poorer Hb retention but degraded much more rapidly in vivo, indicating that
this lipid composition is a better choice as a blood substitute.

Liposomes can be sterically stabilized by coating them with PEG groups, a strat-
egy that significantly increases their retention in vivo by masking them from the
liver and the immune system [107]. However, PEG surface coatings can also inter-
fere with the targeted release of encapsulated cargo. A potentially powerful strategy
is to target a masked liposome to a specific site in vivo (e.g., at a tumor), then trig-
ger an increase in membrane permeability, causing localized release of the cargo.
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Spratt et al. [108] investigated polymerization-induced phase segregation as
a mechanism for triggered release from vesicles composed of polymerizable
and nonpolymerizable lipids. A typical vesicle composition was bis-SorbPC,
1,2-distearoyl-sn-phosphatidylcholine (DSPC), and a small mole fraction of a PE-
Gylated lipid (PEG2000–1,2-distearoyl-sn-phosphatidylethanolamine) to prevent
liposome fusion. A short period of UV irradiation caused large increases in the leak-
age rate of an entrapped dye, by factors ranging from a few hundred up to 28,000,
which likely occurred due to contraction of bis-SorbPC domains upon cross-linking,
opening defects in the membrane (Fig. 18). However, since it is not feasible to use
UV irradiation to trigger release in vivo, other more biocompatible methods of
polymerization must be implemented to make this approach clinically useful.

The storage and reactivity of electroactive molecules in polymerized diacetylene
vesicles was the subject of studies reported by Stanish, Singh, and coworkers [109,
110]. They entrapped ferricyanide in large unilamellar vesicles of photopolymerized
PC8,9PC (1 - palmitoyl - 2 - (tricosa - 10,12-diynoyl)-sn-glycero-3-phosphocholine).
Cyclic voltammetry was used to demonstrate that the ferricyanide was electrochem-
ically isolated by the poly(lipid) bilayer [110]. At pH 7 and 25◦C, an anomalously
long half-life of 2.4 weeks was calculated for Fe (CN)3−

6 retention in polymer-
ized vesicles. In a subsequent study [109], vesicles with entrapped ferricyanide
were prepared from 2-bis(10,12-tricosadiynoyl)-sn-glycero-3-phosphatidylcholine
(DC8,9PC) doped with a disulfide-capped lipid (N-3-(pyridyl-2-dithio)propionyl-2-

Fig. 18 Schematic cross-section of PEG-liposomes composed of domains of bis-SorbPC and
stearoyl lipids. The photopolymerization-induced reduction in the surface area of the bis-SorbPC
domains (black areas) during UV irradiation is shown on the right. Reprinted with permission
from [108]. Copyright 2003, Elsevier
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bis(10,12-tricosadiynoyl)-sn-glycero-3-phosphatidyethanolamine, PDP-DC8,9PE;
Fig. 19b). The disulfide moiety was used to immobilize vesicles on a gold elec-
trode (Fig. 19a). The electrochemical activity of ferricyanide was minimal until
a lipophilic electron shuttle molecule, 1,4 benzoquinone (BQ), was added to the
system. The voltammetry data were interpreted as evidence that BQ partitioned into
the bilayers of immobilized vesicles and mediated the electrochemical reduction of
entrapped ferricyanide. In a subsequent paper, this group created a simple battery
that was capable of being discharged and recharged multiple times [111]. Collec-
tively these studies illustrate the potential of poly(diacetylenic lipid) nanocapsules
as an electrochemically active charge storage medium.

4.2 Vesicles Stabilized by Formation of Nonlipid Polymer
Networks

One of the strategies described in Sect. 3 for BLM stabilization, mixing water-
insoluble, nonlipid monomers with nonpolymerizable lipids, has also been applied
to liposomes. Meier and coworkers [21] created stabilized, nanoscale bioreactors
(Fig. 20) by incorporating OmpF, a channel-forming protein, into POPC vesicles to
provide for passive transmembrane transport of low molecular weight compounds.
β-Lactamase was entrapped during liposome formation, followed by addition of
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Fig. 20 Diagram of polymer-stabilized nanoreactor with encapsulated enzyme. Reprinted with
permission from [21]. Copyright 2001, American Chemical Society

Fig. 21 Scheme of nanocapsule formation. The template liposome with homogeneously dis-
tributed monomers is irradiated with UV light, resulting in the formation of a fortified liposome.
After lipid removal, the 2D polymer network constitutes an intact hollow nanocapsule. Reprinted
with permission from [112]. Copyright 2006, American Chemical Society

BMA and EGDMA monomers and UV-initiated polymerization to generate a cross-
linked poly(methacrylate) network in the POPC bilayer. The substrate, ampicillin,
diffused into liposomes through the OmpF channels and was converted to ampi-
cillinoic acid. Thus a polymer-stabilized, vesicle-sized bioreactor with selective
permeability was created, allowing for retention of the enzyme and ingress/egress
of substrate and product.

Gomes et al. [112] used a similar strategy to create spherical polymer shells
(Fig. 21). Egg PC vesicles were used as templates for polymerization of membrane-
incorporated, hydrophobic monomers (either BMA or hydroxyethyl methacrylate),
EGDMA as a cross-linker, and a photoinitiator. The type of monomer, the ratio
of lipid/monomer/cross-linker/photoinitiator, and the preparation procedures were
varied to identify conditions that produced spheres that retained their monodisperse
size and shape even after the template lipid was extracted with Triton X-100.

Cheng et al. [113] used nonlipid monomers to increase the stability of
poly(bis-SorbPC) vesicles. EGDMA and DEAP, a photoinitiator, were mixed with
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Fig. 22 Mean diameter of vesicles measured by dynamic light scattering as a function of
added molar equivalents of Triton X-100. Polymerized bis-SorbPC/EGDMA (filled triangles), un-
polymerized bis-SorbPC/EGDMA (filled squares), and polymerized bis-SorbPC (inverted filled
triangles). Reprinted with permission from [113]. Copyright 2006, American Chemical Society

bis-SorbPC and polymerized with UV light. These vesicles were more stable to Tri-
ton X-100 solubilization than poly(bis-SorbPC) vesicles lacking EGDMA (Fig. 22).
UV polymerization of sorbyl lipid vesicles generates oligomers with marginal
stability to surfactant solubilization [13, 81]; the addition of EGDMA apparently
increases the extent of lipid cross-linking. Polymerized EGDMA/bis-SorbPC vesi-
cles are permeable to small molecules but impermeable to globular proteins (e.g.,
Hb). These vesicles were used to deliver enhanced green fluorescent protein into
cultured HeLa cells, presumably by endocytosis, demonstrating their potential util-
ity for their delivering other types of cargo (e.g., enzymes) that could be used for
intracellular sensing.

Lee and coworkers used polymerization-induced phase segregation to prepare
porous vesicles that can be dispersed in organic solvents [114]. Mixed vesicles
composed of BNPC (1,2-bis[9-(4-vinylbenzyloxycarbonyl)nonanoyl]-sn-glycero-
3-phosphocholine), cholesterol, and divinylbenzene were thermally polymerized,
followed by extraction of cholesterol and acid hydrolysis (Fig. 23) to remove the
PC headgroups and acyl chains. The resulting vesicles contained nanometer-size
holes, reflecting where cholesterol domains had been extracted, and were readily
dispersible in organic solvents such as chloroform. This novel material could be
useful as a chromatographic stationary phase or a catalyst support.

Yet another strategy for liposome stabilization is based on formation of a
biomimetic, pseudocytoskeleton in the aqueous interior, consisting of a hydrophilic
polymer network anchored to the bilayer through reactive lipid headgroups. An
example of this strategy was reported by Stauch et al. [115]. N-Isopropylacrylamide
and tetraEGDMA were encapsulated in egg PC vesicles that were doped with a lipid
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Fig. 23 Strategy for
preparation of porous vesicles
bearing hydroxyl groups from
skeletonized vesicles via
hydrolysis. Reprinted with
permission from [114].
Copyright 2003, American
Chemical Society

bearing a methacrylate-terminated PEG headgroup (1,2-distearyl-3-octaethylene
glycol glycerol ether methacrylate, DOGM; Fig. 24). Photopolymerization initiated
with DEAP produced a hydrophilic copolymer network in the vesicle interior that
was anchored to the bilayer via DOGM. TEM micrographs are shown in Fig. 24.
Vesicles with polymer-tethered membranes were more stable to solubilization by
sodium cholate relative to vesicles that enclosed a polymer network but lacked
DOGM, despite the fact that 98mol% of the membrane was egg PC (which pre-
sumably retained some degree of fluidity).

Electrostatic association between a polyelectrolyte and oppositely charged
lipid headgroups is an alternate approach designed to stabilize a liposome while
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Fig. 24 Structure of DOGM (1,2-distearyl-3-octaethylene glycol glycerol ether methacrylate) and
TEM micrographs of polymer-containing vesicles prepared by negative a and positive b staining.
The scale bar represents 100 nm. Reprinted with permission from [115]. Copyright 2002, Ameri-
can Chemical Society
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Fig. 25 Scheme for associating polymerizable anions with a cationic dual-chain surfactant to form
DDDB and DDVB. Reprinted with permission from [116]. Copyright 2004, Wiley
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maintaining lateral lipid mobility. In a study by Paul et al. [116], vesicles were
formed from either DDVB, DDDB, or mixtures thereof (Fig. 25), then UV polymer-
ized using 2,2-dimethoxy-2-phenyl acetophenone as the initiator. Vesicle stability
in the presence of CTAB was monitored using light scattering. Cross-linked vesi-
cles composed of poly(DDDB) were much more stable than linearly polymerized
DDVB vesicles, and the relative stability of mixed vesicles was correlated to the
mole fraction of DDDB.

5 Functionalization and Applications of Poly(Lipid) Films

In recent years, liposomes and supported membranes composed of fluid lipids have
seen increased use as biolabeling and targeting agents, coatings for sensor trans-
ducers and biocompatible materials, nanoscale bioreactors, and separations media.
Due to their enhanced stability, functionalized poly(lipid) materials have also been
created and characterized for these applications.

5.1 Poly(Lipid) Bilayers Functionalized with Labels
and Biomolecules

As discussed in Sect. 2, new types of polymerizable PE lipids conjugated to func-
tional moieties have been synthesized and incorporated into HBMs [70, 71]. A
number of other novel polymerizable lipids with fluorescent, metal chelating, and/or
biotargeting functions have been reported. Campiglia and coworkers [117–119] pre-
pared a series of mono- and bis-diacetylene lipids with iminodiacetate or ethylene-
diaminetriacetate (EDTA) headgroups (Fig. 26). In some cases, a fluorophore (e.g.,
pyrene) was also linked to the acyl chain terminus. Both Tb3+ and Eu3+ bind tightly
to polymerized vesicles of DiynePC doped with the EDTA-bearing lipid, and the
highly conjugated poly(lipid) backbone acts as a sensitizer to enhance the lumines-
cence of chelated lanthanide ions. These vesicles have potential for use in bioassays
where the relative instability of fluid-phase vesicles may be problematic.

Lipids with functional headgroups can be used to create novel poly(lipid)-
based supramolecular assemblies for use in biological binding assays. For exam-
ple, Ferguson et al. [120] synthesized diacetylene-based lipids with either inositol
polyphosphate or biotin linked to the headgroup and incorporated these molecules
into poly(diynePC) vesicles (Fig. 27a). Polymerized vesicles were tested in several
different assays for proteins containing phosphatidylinositol polyphosphate (PIPn)
binding domains (Fig. 27b), and specific recognition was observed. Vesicles were
immobilized to a streptavidin-coated substrate via the biotin headgroup, and pro-
teins containing PIPn binding domains bound more strongly to these vesicles than
to monomeric PIPn ligands. This work demonstrated that polymerization can be
used to create a more stable alternative to unpolymerized vesicles for use in PIPn

binding assays.
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Adding a biospecific targeting agent to the surface of a polymerized lipid vesi-
cle can be used to direct the delivery of an encapsulated drug to certain cells
or tissues. Clark et al. [121] prepared poly(bis-DenPC) vesicles doped with 2,4-
octadecadienoyl-polyethylene glycol-succinate (ODA-PEG-Su) and evaluated their
potential as oral vaccine delivery vehicles. The ODA-PEG-Su component provided
reactive succinates for functionalization of vesicles with UEA1, a lectin that binds
to α-l-fucose residues displayed on intestinal M cells. The dienoyl groups allowed
ODA-PEG-Su to be covalently anchored to the poly(bis-DenPC) bilayer, a strategy
designed to prevent loss of the functionalized lipid from vesicles by exchange with
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Fig. 28 Schematic of a
poly(lipid)-coated silica
nanoparticle. Fluorescent
dyes are encapsulated in the
sol–gel silica core; the
nanoparticle is then coated
with cross-linked bis-SorbPC
doped with
biotin-headgroup-conjugated
DOPE (biotin–DOPE). A
linkage through streptavidin
is used to tag biotinylated
membrane proteins

cellular membranes in vivo. Binding of polymerized vesicles to intestinal M cells in
a mouse gut loop model was inhibited in the presence of α-l-fucose, demonstrating
that specific targeting occurred.

Tan and coworkers have shown that a high concentration of fluorophores can
be entrapped in sol–gel derived silica nanoparticles (NPs), ca. 70 nm in diameter,
making them extremely bright labels for biodetection and imaging applications
[122–124]. However, nonspecific adsorption of biological molecules, especially
proteins, occurs on these particles. Senarath-Yapa et al. [125] addressed this prob-
lem by coating silica NPs with poly(bis-SorbPC) (Fig. 28). The coating has two
major functions: to reduce nonspecific interactions, based on the inherently protein-
resistant properties of the PC headgroup, and to permit functionalization of the
particle by doping the coating with lipids bearing chemically reactive or bioactive
headgroups. Both functions were demonstrated: (1) nonspecific adsorption of dis-
solved proteins to bare silica NPs and of bare NPs to cultured cells is significantly
reduced by the poly(bis-SorbPC) coating; (2) functionalization of poly(lipid)-coated
NPs with a biotin-conjugated lipid creates a probe that can be used to target both
dissolved protein receptors as well as receptors on the membranes of cultured cells.
Measurements performed on single NPs bound to PSLBs verified that the emission
intensity of these NPs is significantly greater than that of single protein molecules
labeled with several fluorophores.

Aspinwall and coworkers [95, 96] developed methods to create poly(PSLBs)
patterned with spatially separated, chemically specific domains inside of fused
silica separation capillaries. The process depicted in Fig. 12 was used to
introduce functional lipids, such as 1,2-dioleoyl-sn-glycero-3-(N-(5-amino-1-
carboxypentyl)iminodiacetic acid) (DOGS-NTA) charged with Ni2+, into fluid
DOPC segments between the UV-polymerized bis-SorbPC segments. The result is
a capillary functionalized with segments that bind and/or capture proteins tagged
with 6xHis (a moiety that is commonly used in protein purification). This process
was extended to create multiple chemically unique domains. Fusion and pho-
topolymerization of segments composed of bis-SorbPC doped with a functional
lipid, followed by fusion/polymerization in adjacent segments, was performed
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Fig. 29 A barcode of three different chemical functionalities formed in a silica capillary
via spatially-selective polymerization. It consists of segments of poly(bis-SorbPC) doped with
Rhodamine-capped DPPE (red ), poly(bis-SorbPC) doped with NBD-capped DOPE (green), and
DOPC doped with Ni2+-charged DOGS-NTA. After the lipid pattern was formed, 6xHis-tagged
Cerulean, a blue fluorescent protein, was injected into the capillary and bound selectively to the im-
mobilized Ni2+ (blue). The capillary inner diameter is 50μm. Reprinted with permission from [96].
Copyright 2007, American Chemical Society

Fig. 30 AFM image
(acquired in air) and
schematic of a line pattern of
BSA that was microcontact
printed onto a dried
poly(bis-SorbPC) PSLB. The
image area is 40×40 μm2,
with a height scale of 10 nm

proteins printed onto PSLB

poly(bis-SorbPC)

10 20 30 μm

sequentially. An example of a three-component pattern thus formed is shown in
Fig. 29. The commercial availability of numerous lipids with functionalized head-
groups suggests the utility of this approach for preparing capillary-based arrays that,
when combined with microfluidics techniques, will be useful for high throughput
chemical sensing applications.

Ross et al. [126] demonstrated a strategy for attaching proteins to the sur-
face of planar supported bilayers that does not require doping with functionalized
lipids. They used μCP to prepare protein patterns on dried poly(bis-SorbPC) PSLBs
(Fig. 30) and found that the proteins remained firmly adsorbed when the printed bi-
layer was reimmersed in buffer, even in the presence of excess dissolved protein.
The regions of the poly(PSLB) that were not printed retained their characteristic
protein resistance when hydrated. For example, when dissolved avidin was incu-
bated with a PSLB that had been printed with biotinylated BSA, avidin binding
occurred only on the printed regions. This strategy was used to prepare patterns



Membranes from Polymerizable Lipids 33

of biospecifically bound protein multilayers, illustrating the potential of this techni-
cally simple method for creating planar supported protein arrays for high throughput
bioassays.

5.2 Incorporation of Transmembrane Proteins

Supported lipid membranes and membrane arrays functionalized with TMPs have
been fabricated by numerous research groups (see for example [5,37,127–135] and
references therein). Lipid polymerization could be a useful strategy to enhance the
operating lifetime of these materials when incorporated into biosensing and drug
screening devices. A key issue that must be addressed is the potentially adverse
effects that lipid polymerization may have on TMP structure and activity, which can
be separated into two major subtopics:

1. Is the structure and activity of the protein affected by exposure to the conditions
encountered during lipid polymerization? Methods commonly used to polymer-
ize reactive lipids may expose reconstituted TMPs to free radicals, intense UV
and/or visible light, temperatures in excess of 50◦C, and/or high concentra-
tions of salts. The susceptibility of a particular TMP to these conditions may
be protein-specific. For example, irradiation with visible light causes irreversible
photobleaching of Rho; thus photoinitiation using eosin Y/triethanolamine [56]
would be a poor choice to polymerize a lipid bilayer containing this protein.

2. Is the protein functional in a poly(lipid) matrix? Polymerization of lipids in the
acyl chain region of a bilayer significantly attenuates the lateral diffusion of flu-
orescent lipid monomers [13]. The prevailing view is that a lipid bilayer must be
fluid for reconstituted TMPs to be bioactive [4, 136], and lateral mobility is cer-
tainly required for many types of reactions involving membrane-bound receptors
(e.g., aggregation of TMP antigens induced by antibody binding). However, for
some major classes of TMPs, bioactivity involves a conformational change, as
in ligand activation of a GPCR, and accommodating this conformational change
does not necessarily require lateral diffusion of lipid monomers. A growing body
of evidence does show that the material properties of bilayers, such as thickness,
elastic stretching and bending moduli, and intrinsic lipid curvature, modulate the
conformational changes of TMPs via hydrophobic coupling between the bilayer-
spanning portion of the protein and the surrounding lipids [137, 138]. Lipid
polymerization will alter the elastic moduli of a bilayer, but it is not clear that
this will prevent the bilayer from accommodating the conformational change of
an incorporated TMP.

Recent studies that reported incorporation of pore-forming peptides and proteins
into BLMs composed of poly(lipids) were discussed in Sect. 3. In both of these
examples, a conformational change was not required for channel activity, and the
bilayer was not completely polymerized. Reconstitution of TMPs into solid- and
polymer-supported membranes composed solely of polymerized lipids has been re-
ported by two groups in recent years.
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Feng et al. [139] studied the activity of TM reconstituted into the PEM/HBM
assembly described in Sect. 2.1. TM is a type I TMP that is a receptor for thrombin
and mediates protein C activity in anticoagulant and antiinflammatory pathways.
TM functionalization represents a promising strategy to control thrombus formation
on the surface of a biomaterial that comes into direct contact with blood, such as
the inner surface of an arterial graft. TM was incorporated into vesicles of mono-
acrylatePC (Fig. 1) that were then fused onto an amphiphilic terpolymer/PEM/glass
coverslip (see Fig. 2). The eosin Y/triethanolamine method [56] was used to poly-
merize the lipids, after which the supported assembly could be removed from
solution for characterization purposes.

The activity of TM-functionalized membranes was assessed by measuring the
rate of protein C activation by the thrombin-TM complex. Lipid polymerization
was found to reduce TM activity by ca. 30%, and this was attributed to two factors:
exposure of the protein to free radicals during polymerization and reduced lateral
mobility of lipids (and possibly TM) in the polymerized membrane. Michaelis–
Menten analysis showed that the reduced activity was associated with an increase in
the Michaelis constant, Km. The surface coverage of TM reconstituted into planar
membranes and their rate of protein C activation could be adjusted by varying the
TM/lipid ratio used for vesicle fusion. At a TM surface coverage of 170fmolcm−2,
the rate was comparable to that of several types of endothelial cell monolayers
(Fig. 31). Inhibition of thrombin formation was also used to assess the activity of
TM-functionalized membranes. When poly(lipid) HBMs containing TM were incu-
bated with prothrombin, protein C, and coagulation factors Xa and Va, the rate of
thrombin formation declined significantly, with near complete inhibition observed
at high TM surface coverages. Overall, this work clearly demonstrated that TM re-
tains considerable activity when reconstituted into a linearly polymerized lipid film.
It also illustrates the potential for creating molecularly engineered antithrombogenic
materials based on artificial proteo-lipid membranes.
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Fig. 31 Rate of surface-mediated protein C activation for TM reconstituted into a poly
(acrylatePC) HBM at a protein surface coverage of 170fmol cm−2 (sample) compared to confluent
endothelial cell monolayers (HDMEC, human dermal microvascular endothelial cells; HUVEC,
human umbilical vein endothelial cells; BAEC, bovine aortic endothelial cells). Reprinted with
permission from [139]. Copyright 2002, American Chemical Society
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Fig. 32 Illustration of the major steps in formation and photoactivation of a poly(PSLB) with
incorporated Rho. The numbers 2–5 correspond to the points in a PWR experiment at which angu-
lar scans are acquired (e.g., see corresponding curves in Fig. 33): A PSLB is formed on the SiO2
waveguide surface (2); Rho is incorporated into the PSLB (3); the lipids are photopolymerized
with UV light (4); and Rho is photoactivated with yellow light (5). Reprinted with permission
from [141]. Copyright 2008, American Chemical Society

Subramaniam et al. [140,141] studied the photoactivity of Rho, the rod cell pho-
toreceptor, reconstituted into cross-linked PSLBs. Rho is a model for GPCRs, a
large family of TMPs that play key roles in cellular signal transduction and thus
are pharmacologically important targets for drug discovery [142]. Several research
groups have shown that GPCRs can be reconstituted into planar supported mem-
branes with retention of activity, which has spawned efforts to develop GPCR-based
biosensors and biochips [129–135].

Photoactivation of Rho produces a metastable equilibrium between two interme-
diates, MI and MII [143]. Formation of MII involves a conformational change that
elongates Rho along the axis normal to the membrane plane (Fig. 32) along with a
significant increase in partial molar volume [144]. The interaction of Rho with the
surrounding lipids modulates the extent of this conformational change [137], thus
making Rho an appropriate model for studying the effect of lipid polymerization on
GPCR activation.

PWR spectroscopy was used to characterize the photochemical activity of Rho
in PSLBs composed of lipids with one or two dienoyl groups located at different
positions in the acyl chains, having different headgroups, and differing degrees of
cross-linking [140, 141]. In PWR, a Kretschmann configuration is used to excite
s- and p-polarized modes in a single-mode silica waveguide [145]. MII formation
causes local deformation of the bilayer and infusion of lipid molecules from the
surrounding Gibbs border [134], as depicted schematically in Fig. 32. These changes
increase the optical thickness of the proteo-lipid membrane, which is measured as
shifts in the resonance angles that excite the guided modes. An example set of data
is shown in Fig. 33.

PSLBs with varying degrees of cross-linking were prepared from bis-SorbPC,
mono-SorbPC, and mixtures thereof (Fig. 6) [140, 141]. A surfactant dilution
method was used to insert Rho into PSLBs prior to UV-initiated polymeriza-
tion. Angle-resolved XPS measurements on poly(bis-Sorb) PSLBs containing Rho
showed that the N 1s signal was independent of the take-off angle, establishing that
the protein was inserted into the bilayer (i.e., uniformly distributed throughout its
thickness) rather than merely adsorbed on its surface [80]. The PWR angular shifts
upon photoactivation were nearly equivalent in polymerized and unpolymerized
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Fig. 33 s-Polarized PWR curves acquired with only buffer in the PWR flow cell (1), after bis-
SorbPC PSLB formation (2), after Rho incorporation (3), after UV polymerization (4), and after
yellow light activation of Rho (5). Reflectance was measured at 632.8 nm. Reprinted with permis-
sion from [140]. Copyright 2005, American Chemical Society

sorbyl PSLBs, as well as fluid DOPC. Thus the extent of MII formation was un-
affected by lipid polymerization as well as the density of cross-links. Among the
lipids examined, bis-DenPC (Fig. 6) was the least favorable for maintenance of
Rho activity – after polymerization, the protein was essentially inactive [141]. It is
hypothesized that formation of two cross-linked networks in poly(bis-DenPC), one
in each monolayer near the glycerol backbone/polar headgroup, stiffens the bilayer
such that it cannot deform to accommodate the hydrophobic mismatch resulting
from elongation of Rho to form the MII intermediate. In contrast, polymerization
of sorbyl lipids generates a cross-linked network in the more disordered center of
the bilayer, and these polymers appear to retain sufficient elasticity to accommodate
the membrane deformation that accompanies MII formation, as depicted in Fig. 32.

Overall, these studies were the first to demonstrate that the activity of a TMP can
be maintained in a highly cross-linked poly(PSLB). The location of the polymer-
izable moiety is clearly an important consideration. These findings should provide
guidance for designing robust poly(lipid) bilayers functionalized with TMPs for use
in membrane-based biochips and biosensors.

5.3 Separations Media Based on Polymerized Lipids

CE is a widely used bioanalytical separations technique. However, strong, some-
times irreversible nonspecific adsorption of proteins occurs on the surface of a bare
fused silica capillary in contact with a neutral buffer. Thus to separate proteins by
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CE, a protein-resistant coating is usually applied to the inner capillary wall. The in-
herent protein resistance of the PC moiety [76,79] suggests that fused lipid coatings
would be useful for this purpose; however, supported PC lipid bilayers are unstable
under typical CE operating conditions, requiring frequent regeneration [146].

Two research groups have evaluated poly(lipids) as stable alternatives to fluid
lipids for suppressing nonspecific interactions in CE. Wang and Lucy [147] sub-
jected DOPC vesicles to thermally initiated radical polymerization using AIBN
(2,2′-azobis(2-methylpropionitrile)), which generated mostly lipid dimers and de-
creasing concentrations of oligomers up to pentamers. Oligomerized DOPC vesicles
were pumped through the capillary, forming an adsorbed coating that was shown
to be much more stable than an unpolymerized coating. Separation of proteins in
neutral pH buffer at low ionic strength was performed with high efficiency and re-
coveries >90% were observed for several analytes. However, over the course of 60
consecutive runs, efficiencies declined and peak tailing increased, indicating that
lipid desorption eventually occurred (Fig. 34).

To prepare more stable poly(lipid) coatings, Mansfield et al. [148] used vesicle
fusion and redox-initiated polymerization to deposit poly(bis-SorbPC) on the in-
ner surface of capillaries. These coatings generated a higher electroosmotic flow
than observed with unpolymerized lipid coatings (e.g., egg PC), but this allowed
separation of both cationic and anionic proteins in a single run, albeit with lower
separation efficiencies. Poly(bis-SorbPC)-coated capillaries were found to be ex-
tremely stable to harsh chemical conditions, including exposure to surfactants and
dry storage for periods in excess of a year. These studies demonstrate the potential

Fig. 34 Consecutive protein separations performed on a capillary coated with oligomerized
DOPC. Peaks: (1) lysozyme, (2) cytochrome c, (3) ribonuclease A, (4) α-chymotrypsinogen A,
(5) myoglobin, (6) hemoglobin, and (7) carbonic anhydrase. The sharp spikes seen in the elec-
trophoretogram are artifacts due to air bubbles. The separation quality begins to degrade visibly
between runs 15 and 30. Reprinted with permission from [147]. Copyright 2005, American Chem-
ical Society
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of poly(lipid)-based materials for CE separations of biomacromolecules that non-
specifically interact with fused silica. Furthermore, the stability of functionalized
lipids when doped into poly(bis-SorbPC) [95, 96] suggests that separations based
on bioaffinity are feasible.

6 Concluding Remarks

Although the polymerization of lipid supramolecular assemblies is a relatively ma-
ture field of research, several significant improvements to existing technologies have
been made in the past decade, and a number of novel poly(lipid) structures have been
created for a diverse set of applications ranging from energy storage to biosensing.
This review has focused on polymerization of membranes to achieve stability and
introduce functionality. The latter is facilitated by the wide variety of mild (and
in some cases reversible) attachment chemistries that have been developed to link
both small molecule ligands and proteins to lipid headgroups. In addition, numer-
ous functionalized lipids are commercially available, and several studies have shown
that these lipids are stable when doped into poly(lipid) membranes, even when they
are not covalently linked to the polymer network.

With respect to stability, it is important to emphasize that the requirements will
be different for different types of applications. Just as beauty is in the eye of the
beholder, chemical, mechanical, and thermal stability are defined by the end user.
Exposure to different types of destabilizing conditions reveals different levels of
membrane defect density and degradation [149]. Among the most severe tests are
drying and exposure to solvents and surfactants. If these conditions will not be
encountered during usage of a poly(lipid) assembly, then an approach less trans-
formative than cross-linking polymerization may be more appropriate.

In addition to stability, polymerization of a lipid membrane is also likely to alter
its elastic stretching and bending moduli, the lateral mobility of its constituents, and
its permeability to ions and small molecules. In this regard, enhancing the stabil-
ity of a membrane may be useful for an intended application but may not be the
most important consideration. For example, to measure the conductivity of an ion
channel incorporated into a BLM, a very high membrane resistance is required. If
lipid polymerization to increase stability is achieved at the price of creating a leaky
membrane, then nothing is gained.

Finally, we note that a growing body of evidence shows that the stability of a
planar membrane can be enhanced by spreading it across a small aperture [97]. For
example, a DiPhyPC bilayer suspended across a 150 nm radius orifice in a glass
pipet remains intact when removed from buffer [150]. This suggests that it may be
possible to form arrays in which fluid, stable bilayer patches are surrounded by a
patterned substrate that anchors the membrane. Air stability can also be achieved
by coating a PSLB with a hydrophilic polymer film (e.g., a biospecifically adsorbed
protein layer [23, 149]). Both of these approaches maintain some degree of lateral
lipid mobility in the membrane.
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Polymer Stabilized Lipid Membranes:
Langmuir Monolayers

A.P. Siegel and C.A. Naumann

Abstract Polymer-tethered membranes combine fascinating structural, dynamic,
and viscoelastic properties. Many important insights into these peculiar supramolec-
ular systems can be obtained from studies on polymer-tethered monolayers. This
chapter discusses recent experimental findings on polymer-tethered monolayers at
the air–water interface. In particular, Langmuir monolayers which are comprised
of pure lipopolymers and of binary phospholipid–lipopolymer mixtures are consid-
ered. Thermodynamic data as well as structural data based on a host of experimental
techniques including X-ray and neutron reflectrometry, infrared reflection absorp-
tion spectroscopy, and sum frequency generation spectroscopy provide information
on how lipopolymers organize at the air–water interface. This information is fol-
lowed by a review of the viscoelastic properties of these systems, including the
remarkable gelation transition that can be observed in lipopolymers and mixed
phospholipid–lipopolymer monolayers. The diffusion properties are also discussed
at length, and show that lipid diffusivity is critically dependent on the strength of
inter-polymer interactions of lipopolymers.

Keywords Diffusion, Langmuir monolayer, Lipopolymer, Phospholipid, Visco-
elasticity
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1 Introduction

Recent advances in the understanding of assembly and disassembly of biomolecules
have led to the design of polymer-tethered membranes. One particularly attrac-
tive design of polymer-tethered membranes is based on phospholipid–lipopolymer
mixtures. In phospholipid–lipopolymer mixed monolayers, the tethering concentra-
tion can be adjusted accurately through the molar concentration of lipopolymers.
Importantly, by changing the lipopolymer–lipid mixing ratio, polymer-tethered
membranes can be obtained with a wide range of fascinating structural and dy-
namic properties. Because many of these intriguing properties of polymer-tethered
membranes can be observed on Langmuir monolayers, the current contribution sum-
marizes recent advances in the design and characterization of lipopolymer-based
polymer-tethered monolayers at the air–water interface.

Lipopolymers and phospholipids are amphiphiles with distinct structural prop-
erties. While the hydrophobic moieties show great similarities, the hydrophilic
headgroups are structurally distinct. Most importantly, unlike phospholipids, the
hydrophilic moiety of lipopolymers consists of a comparably bulky polymer chain,
which is end-tethered through a hydrophilic linker to the two-pronged lipid tail
of the molecule. The lipid/polymer hybrid character of lipopolymers results in
unique molecular properties, which also critically determine the properties in
lipopolymer–lipid mixed monolayers. Because the study of lipopolymers at the
air–water interface provides important clues about properties of lipopolymer–lipid
mixed monolayers, the first half of this chapter (Sect. 2) summarizes reported exper-
imental results obtained from Langmuir monolayers of lipopolymers. Section 2.1
discusses film balance and neutron reflectometry experiments on lipopolymer
monolayers, which have provided important structural information. Insight into the
fascinating viscoelastic properties of lipopolymer monolayers is given in Sect. 2.2,
where recent interfacial rheology experiments are described. Section 2.3 addresses
the lateral diffusion properties of lipopolymers at the air–water interface, which
offer valuable information about the diffusion properties of polymer-tethered mem-
branes. The second half of this chapter (Sect. 3) focuses on experimental findings
obtained from lipopolymer–phospholipid mixed monolayers at the air–water in-
terface. Section 3.1 contains an overview over structural properties of such mixed
Langmuir monolayers. Section 3.2 discusses corresponding viscoelastic properties.
Finally, Sect. 3.3 summarizes the key data from lipid lateral diffusion studies in
lipopolymer–phospholipid mixed monolayers.
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2 Lipopolymer Langmuir Monolayers

2.1 Structural Properties

The structural properties of lipopolymers at the air–water interface have been
traditionally explored using film balance techniques and neutron/X-ray reflectome-
try. The film balance method is an attractive tool to study the assembly of lipopoly-
mers at the air–water interface as a function of molecular surface density (area per
molecule). In this case, Langmuir monolayers of lipopolymers are constructed by
simply adding these amphiphiles to the air–water interface. Here one or two mov-
able barriers are employed to compress or expand the monolayer. The resulting
changes in surface density of amphiphiles at the air–water interface are monitored
using a film pressure sensor. This method provides valuable thermodynamic infor-
mation because the pressure–area (π−A) isotherm of a Langmuir monolayer can
be determined. Complementary, neutron/X-ray reflectometry allows insight into the
scattering length density profile of the monolayer perpendicular to the air–water
interface with high resolution.

Baekmark et al. first investigated the pressure–area isotherms of lipopolymers at
the air–water interface using lipopolymers with poly(ethylene glycol) (PEG) cova-
lently linked to a phospholipid 1,2-distearoyl-sn-glycero-3-phosphoethanolamine
(DSPE) [1]. Figure 1 contains structural information of widely studied lipopoly-
mers together with corresponding structures of some phospholipids. The three
main types of polymeric moieties of lipopolymers are poly(ethylene glycol)
(PEG) (named by their approximate weight) linked to phospholipids and poly(2-
methyl-2-oxazoline)n (PMOxn), and poly(2-ethyl-2-oxazoline)n (PEOxn) linked
to di-octadecanoyl-glycerol (DiC18). Figure 2 illustrates a typical pressure–area-
isotherm of the lipopolymer DSPE–PEG2000.

Figure 2 shows that the π− A isotherm for DSPE–PEG2000 is characterized
by two plateaus. In this figure, the plateaus, or transitions, are labeled πlow and
πhigh. By following scaling arguments of polymer physics, Baekmark et al. orig-
inally interpreted these plateau regions as “pancake to mushroom” transitions for
πlow and “mushroom-to-brush” transitions for πhigh [1]. Interestingly, monolayer
experiments of polystyrene–poly(ethylene oxide) diblock copolymers reveal identi-
cal low-pressure transition behavior but no transition at higher film pressure [3]. In
that case, it was argued that in the low-pressure regime, the PEG chains desorb from
the air–water interface in a temperature-independent fashion, which also agrees with
the desorption properties of pure PEG at the air–water interface [4, 5].

Several experimental results have been reported which show that the high-
pressure transition is qualitatively different to the low pressure counterpart in that
it exhibits properties of a first order phase transition. For example, it was shown
that the pressure of the high-pressure transition, πhigh, is dependent on tempera-
ture, thus meeting an important criterion of a first order transition [2, 6]. Figure 3
displays a close-up of the high-pressure transition region of π− A isotherms for
DSPE–PEG2000 taken at different temperatures, showing very clearly that the high
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Fig. 1 Commonly investigated lipopolymers and lipids: 1,2-distearoyl-sn-glycero-3-phos-
phatidylethanolamine-N-[poly(ethylene glycol)45] (DSPE-PEG2000), 1,2-dioctadecanoyl-sn-
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pressure transition is temperature dependent. The temperature dependence of the
high-pressure transition region has also been shown on lipopolymer systems involv-
ing DiC18PMOx and DiC18PEOx [6].

To obtain more insight into the nature of the high-pressure transition, a series
of film balance experiments were conducted, where the impact of the lipid and
polymer moieties on this transition were investigated systematically. For example,
π − A isotherms were measured for PEG lipopolymers with saturated lipid tails
of varying lengths [2]. Interestingly enough, the C16 chain DPPE–PEG2000 dis-
played a 10mN m−1 higher πhigh relative to the C18 chain DSPE–PEG2000, and
the C14 chain DMPE–PEG2000 never displayed πhigh at all, thus indicating a sen-
sitive relationship between acyl chain length of the lipid moiety and πhigh. In order
to explore further the importance of the lipid tail to the high-pressure transition,
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Fig. 2 Pressure–area isotherm of DSPE–PEG2000 at room temperature showing two plateaus in-
dicative of a low-pressure transition (πlow) and a high-pressure transition (πhigh). The points A and
B represent film pressures where interfacial rheology experiments were conducted [2] (reproduced
with permission from the American Chemical Society)

Fig. 3 Close-up of pressure–area isotherms of DSPE–PEG2000 near the high pressure transition
at different temperatures [2] (reproduced with permission from the American Chemical Society)
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pressure isotherms were undertaken with the partially unsaturated 1,2-dioleoyl-sn-
glycero-3-phosphoethanolamine–PEG2000 (DOPE–PEG2000), and compared to
DSPE–PEG2000 [7]. No high pressure transition was found in the pressure–area
isotherm of the unsaturated-lipid lipopolymer Langmuir monolayer. This finding is
interesting because DOPE is known to have a substantially lower gel–liquid phase
transition temperature than the saturated DPPE and DSPE. Another interesting study
compared the pressure–area isotherms of lipopolymers and diblock copolymers,
where the diblock copolymer, while containing a lipophilic moiety, did not contain
the geometry of two acyl chains attached to a glycerol backbone [7]. The copoly-
mers used, poly(2-n-nonyl)-poly(2-methyl or 2-ethyl-2-oxazoline) (NxMy or NxEy),
are shown in Fig. 4. By contrast to lipopolymers, pressure–area isotherms of diblock
copolymers in general, and of this type in particular, do not display any high pres-
sure phase transition, thus indicating the crucial role of the saturated lipid moiety
for the high-pressure transition to occur. In addition, the ethyloxazoline copolymers,
NxEy, also show the low pressure transition which is attributed to polymers desorb-
ing from the surface.
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Triblock copolymers consisting of 135–800 monomers of PEG end capped with
C12H25 or C16H33 lipid moieties have also been investigated [9]. Upon compres-
sion, π−A isotherms of C12H25−PEG135−C12H25, for example, exhibit not only
the first transition, πlow, but apparently also a second transition at πhigh. With a
molecular weight of about 6,000, C12H25−PEG135−C12H25 is fairly similar to
DSPE–PEG5000, the results of which are reported above, except the lipid tails are
on either end of the polymer from each other, instead of both together on one end.
However, unlike lipopolymers, these molecules are not stable above the high pres-
sure transition; if left on a trough for up to 12 h the pressure gradually decreases,
indicating desorption of the triblock into the subphase [9]. Moreover, while the π−A
isotherms show the second plateau on compression of the monolayer, no similar
plateaus are seen on expansion; rather the isotherm shows that some fraction of
molecules are desorbed at the higher pressure. Finally, when the rate of compres-
sion was varied, the apparent πhigh varied, with the fastest compressing monolayers
undergoing the transition at the highest pressure. The low pressure transition, in
contrast, displayed no changing behavior on compression and expansion or on vary-
ing rates of compression. Changing the rate of compression for lipopolymers, by
contrast, does not change the pressure at which a plateau is reached, although
compressing lipopolymers quickly may change the initial reading of the area per
lipopolymer at which the plateau is reached until the system equilibrates [6].

Collecting all the experimental evidence obtained so far on the high pressure tran-
sition in π−A isotherms leads to indications that this is a first order phase transition
strongly related to the existence of dual lipid tails. Furthermore, the less pronounced
the plateau of the high-pressure transition, the lower the gel–liquid phase transi-
tion temperature of the corresponding lipid (without attached polymer chain). This
correlation suggests that there is a critical relationship between high-pressure tran-
sition and the lipids’ ability to exhibit acyl chain condensations. And, in fact, in
1999 the high-pressure transition was described as an acyl chain condensation and
not, as had been earlier suggested, as a mushroom-brush transition [6, 10]. The
experimental evidence provided for this conclusion was based on infrared reflec-
tion absorption spectroscopy (IRRAS) data taken on lipopolymers at the air–water
interface below, at, and above πhigh (and at temperatures found to optimize the sig-
nal to noise ratio). In this experimental set-up, an infrared beam is reflected off
the monolayer at the water surface and the absorbances of these reflections are
recorded. After subtracting for the absorbance of a pure water surface, the data are
Fourier-transformed into normalized infrared spectra, showing, of particular inter-
est, the symmetric and asymmetric CH2 stretches (the 2,900cm−1 range) and also
the C−O−C stretches (around 1,150cm−1). IRRAS data were obtained on DSPE–
PEG2000, PMOx and PEOx systems [6] and on DSPE–PEG5000 and partially
deuterated DSPE–PEG5000 [10]. The IRRAS data showed two trends. First, the
maximum reflection-absorbance for both the symmetric and asymmetric CH2 vibra-
tions shifted to smaller wavenumbers as the monolayers were compressed, and this
shift was most dramatic during the compression associated with πhigh. The decrease
seen was 4–7 times stronger than would be expected from simply compressing the
monolayer, and was seen rather as an indicator that the CH2 groups become more
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ordered during the transition. As noted by Baekmark et al., the absolute values for
these CH2 stretches are quite similar to IRRAS data on liquid condensed phospho-
lipid monolayers [6]. The IRRAS spectra on DSPE–PEG5000 with the lipid moiety
containing either hydrogen or deuterium were particularly informative because by
subtracting the two spectra it was possible to show that this decrease in the maxi-
mum absorbance trend seen on all the lipopolymer systems studied was due to the
CH2 stretches of the lipid, and not the CH2 stretches in the polymers [10]. Second,
the C−O−C stretches for the PEG IRRAS spectra above and below the transition
pressure contained a broad band shape, indicative of an amorphous, and not ordered
state. Consequently, these authors concluded from their data that the high pressure
transition involves a dramatic ordering in the conformation of the acyl chains with-
out an accompanying ordering of the polymeric moiety.

While the PEG and polyoxazoline lipopolymers all showed increased acyl chain
order upon compression, many differences appear in the manner of their transitions,
suggesting a fascinating interplay between polymer and lipid moieties in the as-
sembly of lipopolymers at the air–water interface. To explore the influence of the
polymer moiety on π− A isotherms, several film balance experiments have been
conducted where the polymer moiety of lipopolymers was modified systematically.
Figure 5 shows a close-up around πhigh of a study on DSPE–PEG lipopolymers
of different chain length, and thus of different molecular weight [11]. The π−A
isotherms suggest a qualitative difference between the short-chain DSPE–PEG750
and DSPE–PEG1000 on one hand and DSPE–PEG2000, DSPE–PEG3000, and
DSPE–PEG5000 on the other. For example, there is a notably larger shift in the
area per molecule and transition pressure when comparing DSPE–PEG1000 (22
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monomers) and DSPE–PEG2000 (45 monomers), vs DSPE–PEG2000 and DSPE–
PEG3000 (67 monomers). Based on these data, it was proposed that the PEG chains
of the three longer chain lipopolymers are in a coiled, but slightly elongated confor-
mation close to the high pressure transition, whereas those of the two shorter chain
lipopolymers resemble a rodlike, fibrillar structure [11].

There is also experimental evidence that the nature of the polymer moiety may
have a significant effect on the high-pressure transition as well. Comparisons of
film balance experiments on DiC18PMOx35, DiC18PEOx31, and DSPE–PEG2000,
which all have the same length lipid moiety, show that the high-pressure transition
varied significantly between the polyoxazoline and PEG systems, with the poly-
oxazoline systems undergoing the transition at a much higher surface pressure. In
addition, film balance experiments were performed comparing DiC18PEOx31 and
dioctadecylamine [poly(ethyloxazoline)35] (DODA−PEOx35), which is nearly the
same as DiC18PEOx31 other than the fact that the 18 C chains are connected to the
polymer through an amine group instead of a glycerol group. The high-pressure
transition varied significantly, with the amine system undergoing a transition nearly
10mN m−1 again higher and about 15% more compressed than the DiC18PEOx31

system, so that πhigh
PEG2000 < πhigh

PMOx35 < πhigh
PEOx31 < πhigh

DODA35 [12]. Over-
all, these data indicate that the location of the high-pressure transition depends on
the subtle interplay of several factors, including the polymer structure and molecular
weight and the nature of the hydrophobic anchor.

Using a synthetic approach to understanding the nature of the acyl chain conden-
sation, a number of novel oxazoline lipopolymers were synthesized with the same
lipid backbone, two 18 carbon chains attached to glycerol, but with polymers char-
acterized by having different sidechains including a methoxymonoethylene glycol
and an isopropylmethoxymonoethylene glycol on the ethyl end of the ethyloxa-
zoline polymer (DiC18PMOGOx21 and DiC18PTEGOx18) [8]. These polymers are
collected in Fig. 4. The thinking was that bulky side chains on the polymer would
force physical distance between each lipopolymer, and thus inhibit the ability of
the lipid moiety of each lipopolymer to condense with the lipid moiety of a neigh-
boring lipopolymer, and be another way to explore the importance of lipid–lipid
interactions on the high pressure transition region. This proved to be correct, as
Fig. 6 shows that the oligo–EO substituted lipopolymers (DiC18PMOGOx21 and
DiC18PTEGOx18) did not exhibit the high pressure transition at all before film col-
lapse, and thus did not undergo the acyl chain condensation.

Additional film balance experiments on diblock and triblock copolymers have
been shown to be helpful in evaluating the properties of the low pressure tran-
sition, πlow, at the air–water interface. Many π − A isotherms of diblock and
triblock copolymers have been published: one excellent example is Gonçalves
Da Silva’s polystyrene–polyethylene glycol diblock copolymers published in 1996
which showed not only the absence of a high pressure transition in these non-
lipid amphiphiles, but also that the low pressure transition occurred at a constant
area/monomer of PEG regardless of the size of the PEG polymer [3]. This is also
more evidence that the pressure relates to submersion, monomer by monomer, of the
PEG from the surface. Reviewing film balance studies on polyoxazoline-containing
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lipopolymers, and diblock, and triblock copolymers confirmed that the low pres-
sure transition can be found in the presence of amphiphilic PEOx, but not with the
more hydrophilic PMOx (Fig. 7) [7]. It is recalled that the PEG lipopolymers, like
the PEOx lipopolymers, display a strong degree of amphiphilicity at the air–water
interface and also undergo the low pressure transition.

To obtain more information about the structural properties of lipopolymers at the
air–water interface, several groups have pursued X-ray and neutron scattering ex-
periments. Using X-ray and neutron reflectometry, Wurlitzer et al. confirmed acyl
chain condensation above πhigh but also found that the surface of the monolayer was
rougher, less planar [13]. In particular, just below the surface there was a range of
15 Å where lipid tails, ether linkers between the lipid tails and the glycerol back-
bone, and PMOx monomers can be found. The first eight carbons of the PMOx
chain were deuterated in order to better show the location of the polymer within
the subphase, and they showed these first eight carbons in the same location as the
ether linkers but the hydrogenated PMOx carbons, further down the chain, also had
great density at this same height, just below the surface. The acyl chains and ether
linkers do not penetrate further down than this and the deuterated carbons only ex-
tend another 10–15 Å further, but the hydrogenated PMOx carbons extend down to
below 100 Å from the interface. Wurlitzer et al. hypothesized that the energy asso-
ciated with the elastic effect of forcing the polymers closer together led to a partial
immersion of the hydrophobic acyl anchors into the aqueous medium [13, 14].

Grazing incidence X-ray diffraction and specular X-ray diffraction studies
by Ahrens et al. agree that some form of lipid condensation takes place at the
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high-pressure transition, and also provide evidence of a possible superstruc-
ture [15, 16]. Looking at DSPE–PEG2000, Ahrens et al. found tilt angles of the
acyl chains between 14◦ and 18◦ with respect to the surface normal for pressures
above πhigh, with tilt angles decreasing upon compression. The packing density for
the samples based on the calculated lattice constants, however, was not in agree-
ment with the bulk density of the lipids, but in fact showed the lipid tails much more
closely packed (but not quite as densely packed as phospholipids in the absence of
polymers) [15,16]. This finding corresponds to the IRRAS data from Baekmark and
Wiesenthal, which found CH2 stretches very similar to stretches for phospholipids
packed closely together, although they could not be homogeneously so condensed
because the average area per lipopolymer was much too large for a continuously
condensed lipid surface. Ahrens, et al. suggested this was possible using a theory
of surface micellization, whereby some aggregate of lipopolymers collects and
the lipid tails within each aggregate condense together during the high-pressure
transition. For evidence, grazing incidence X-ray diffraction showed that lattice
constants increased upon compression above πhigh, creating superstructures spaced
134–160 Å apart [16]. These investigators transferred the monolayers onto mica and
found surface stripes of about the same periodicity using atomic force microscopy.
However, it is difficult to compare fixed, dry monolayers which are necessarily
subject to substrate interactions, with fluid monolayers on a water surface. An-
other group looking at X-ray grazing-incidence diffraction and reflectivity of lower
molecular weight DSPE–PEG chains found little coherence for DSPE–PEG90 and
DSPE–PEG350, but for DSPE–PEG750 found clusters of about 43 lipopolymers
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within which the acyl chains were perpendicular to the surface, and showed good
hexagonal packing [17].

Israelachvili considered the possibility of Langmuir monolayers of any sort of
amphiphiles forming surface micelles in 1994 [18]. In his model, there is a critical
micellar area (CMA or Ac), below which few micelles form and the concentration
of the system is nearly equal to the concentration of discrete molecules, but above
which, the concentration of micelles increases while the concentration of discrete
molecules is constant. Below Ac, the total average area per molecule, A, will be the
same as the area per molecule of the discrete molecules, defined A1. If A0 is defined
as the hard-disk excluded area of a molecule in a micelle, and N is the number
of molecules in a micelle, then the π−A isotherm for a system forming surface
micelles can be written as

π =
kT
N

[
1

A−A0
+

(N −1)
(A1 −A0)

]
. (1)

The significant finding from this is that, for a hypothetical system, surface micel-
lar formation for N even as small as 25 molecules leads to a plateau on a π− A
isotherm, and conversely, a plateau on a π−A isotherm may indicate surface mi-
cellar formation. Israelachvili considers the case of fluid alkane chains connected
to repelling hydrophilic head groups which are all in the plane of the monolayer,
noting that micellar formation would enable the headgroups to increase the distance
between them, and lower the interaction energy per molecule. Counterbalancing
this, there is a maximum aggregation size related to the fully extended length of the
hydrocarbon chain, lc, above which micelles are not energetically favored, since
the headgroups would presumably be repelled by the interior of a micelle even
more than by nearby other headgroups. The shape of such micelles, Israelachvili
goes on to suggest, would be either small circles or ribbons with a half width less
than lc.

Langmuir monolayers of diblock and triblock copolymers have been thoroughly
studied, and through analyses of π−A isotherms and neutron reflectometry data,
it has been shown that many combinations of copolymers form surface micelles.
Based on the density at different heights below the air–water interface of polystyrene
and PEG in block copolymers, Dewhurst concluded that the polystyrene moieties
aggregate into a cluster, with PEG forming a cushion underneath and a corona
around the polystyrene center, akin to flower-like micelles [19]. Naturally, the nature
of lipopolymers, with their acyl chain condensation, would lead to a different geom-
etry than diblock copolymer micellization. However, trends observed by Deschenes
et al. lead to the prediction that the size of the micelles is controlled by the ratio
of hydrophobic to hydrophilic block area, with higher hydrophobic areas aggregat-
ing into planar morphologies, and lower ratio hydrophobic areas (different than, but
similar to lipopolymers) forming cylinders, wormlike or dendritic structures [20].
The experimental findings from di- and triblock copolymers are interesting because
there is some experimental evidence that lipopolymers may assemble into micel-
lar structures at the air–water interface. For example, as already noted, Ahrens and
Helm reported the formation of stripe-like structures on lipopolymer monolayers
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after the monolayers had been transferred to mica [16]. Similarly, neutron reflec-
tometry data, in combination with film balance and interfacial rheology results, have
been interpreted in terms of a surface micellization of lipopolymers [7].

Up to this point, the information about the monolayers has looked at the structural
properties as if the lipopolymer monolayers were static and fixed above a body of
water. However, a truly remarkable aspect of these monolayers is their fascinating
fluidity and visoelastic properties, and the range of distinct fluid and viscoelastic
behavior they exhibit under different conditions and with different lipopolymers.
These properties can be studied by analyzing the viscosity and elasticity of the
monolayer, as discussed in Sect. 2.2, as well as by investigating the lateral diffu-
sion of individual lipopolymers within the monolayer, as discussed in Sect. 2.3.

2.2 Viscoelastic Properties of Lipopolymers in Langmuir
Monolayers

To obtain information about the viscoelasticity of lipopolymers at the air–water
interface, Langmuir monolayers of lipopolymers were studied using interfacial rhe-
ology. Initial experiments were conducted using a custom-built interfacial needle
shear rheometer, as described before [2, 21] and illustrated in Fig. 8. In this ex-
perimental setup, a trough is constructed with a Langmuir monolayer as noted in
previous experiments, but in addition, a magnetic rod is stabilized at the air–water
interface and subjected to an oscillatory magnetic field gradient, which is provided
by a pair of Helmholtz coils surrounding the trough [21]. The position of the rod is
tracked using an inverted microscope and a linear photodiode array. From the rod’s
position (strain) relative to the applied current in the coils (stress), it is possible to
determine δ , the phase lag between the strain and the stress, as well as the amplitude
ratio, AR, which is defined as the ratio of strain to stress. If it is assumed that the
contribution from the underlying subphase is negligible compared with the interface,
which is true in practice, these parameters define the dynamic surface modulus Gs

∗,
from which can be determined the storage modulus, Gs

′ and the loss modulus, Gs
′′.

These pioneering experiments on PEG lipopolymers revealed a remarkable change
of viscoelastic properties in the range of the high-pressure transition [2]. As illus-
trated in Fig. 9, below this transition, the monolayer is fluid and the loss modulus,
G′′ (a measure of the viscosity of the film), is larger than the storage modulus, G′
(corresponding to the elasticity of the film). In contrast, above the high pressure tran-
sition, the monolayer becomes elastic with G′ > G′′, thus suggesting the formation
of a physical gel. Originally, this physical gel formation was interpreted in terms
of two types of associative interactions: microcondensation of acyl chains to form
small clusters, and water molecules acting as intercalators mediating the interaction
between PEG chains via hydrogen bonding [2].

In a following study, it was confirmed that the gelation transition was not limited
to PEG lipopolymers because comparable viscoelastic properties were observed on
monolayers of polyoxazoline lipopolymers as well [12]. This called into question
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Fig. 8 Design of an interfacial stress rheometer. Here a magnetized rod is subjected to an oscilla-
tory force generated by the Helmholtz coils. The motion of the rod is detected using a microscope
and photodiode array. Differences between the applied force and resulting phase and magnitude of
the displacement give information on the viscoelastic properties of the monolayer. Both the storage
modulus G′ and the loss modulus G′′ can be determined [2, 21] (reproduced with permission from
the American Chemical Society)

the initial model whereby intercalated water molecules via hydrogen bonding were
the basis for the elasticity of the monolayer. To uncover the nature of the viscoelas-
tic transition, additional interfacial rheology experiments were conducted where
the polymer and lipid moieties of lipopolymers were altered systematically [7, 11].
These studies were conducted using an oscillating ring rheometer. For example,
the molecular weight of the PEG moiety of PEG lipopolymers was changed (MW:
750, 1,000, 2,000, 3,000, 5,000) [11]. As illustrated in Fig. 10, these experiments
showed that the gelation transition shifts to smaller areas per molecule and that there
is a qualitative difference between higher MW species (MW: 2,000, 3,000, 5,000)
and lower MW species (MW: 750, 1,000). In the first case, G′ exhibits a power
law-like behavior above the gelation transition. In the second case, a breakdown
of the gel is observed after an initial power law-like behavior [11]. Interestingly,
the strength of the gel (prior to collapse) was found to follow the trend G′(DSPE–
PEG750)< G′(DSPE–PEG1000)< G′(DSPE–PEG2000)> G′(DSPE–PEG3000)>
G′(DSPE–PEG5000). This result showed that the strength of the physical gel can
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Fig. 9 Dynamic moduli vs area isotherm for DSPE–PEG2000, with π−A isotherm also shown,
pointing out that the viscoelastic transition point, where storage modulus Gs

′ = loss modulus Gs
′′

is only slightly above the plateau of the high-pressure transition [2] (reproduced with permission
from the American Chemical Society)

Fig. 10 Storage modulus, Gs
′, and loss modulus, Gs

′′, of DSPE–PEG750, DSPE–PEG1000,
DSPE–PEG2000, DSPE–PEG3000, and DSPE–PEG5000 plotted vs area per molecule. All
lipopolymers show a viscoelastic transition [11] (reproduced with permission from the American
Chemical Society)
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be regulated by changing the PEG molecular weight of lipopolymers. When PEG
chains of PEG lipopolymers are shorter or longer than PEG2000, the strength of the
polymer gel is weakened. These data are significant because they emphasize that
polymer and lipid moieties of lipopolymers are equally important in the regulation
of the high-pressure and gelation transitions. Furthermore, these results showed that
both types of transitions are critically dependent on the area mismatch between lipid
and polymer moieties of lipopolymers.

To explore the role of molecular structure of amphiphiles on the physical gela-
tion transition, additional interfacial rheology experiments were conducted using
polyoxazoline-based diblock copolymers and PEG lipopolymers with lipid an-
chors of various acyl chain lengths [7]. Figure 11 illustrates that only lipopoly-
mers, and not diblock copolymers, exhibit a gelation transition. Interestingly, when
DiC18PEOx31 and DiC18PMOx35 transitions are compared by area per molecule, as
opposed to film pressure, they exhibit the gelation transition at the same area per

molecule, about 90 Å
2
.

Also, in contrast to DPPE–PEG2000 and DSPE–PEG2000, which have acyl
chains of C16 and C18, respectively, no rheological transition was observed for
lipopolymers with relatively short acyl chains (C14), DMPE–PEG2000. It should
be recalled that no high pressure film balance transition was found for DMPE–
PEG2000 either, thus suggesting a direct relationship between high-pressure and
gelation transitions [7]. High pressure transitions and rheological transitions are not
limited to PEG and polyethyloxazoline systems: DiC18 linked to glycerol which
is also attached to a sugar-based polymeric moiety, namely three end-linked lac-
tose units, also displayed the transition from a fluid to an elastic film [22]. Finally,

Fig. 11 Storage modulus, Gs
′, and loss modulus, Gs

′′, of N8E24, N8M26, DiC18PMOx35, and
DiC18PEOx31 plotted vs film pressure (which increases as area per molecule decreases). Lipopoly-
mers do show a viscoelastic transition but diblock copopolymers do not [7] (reproduced with
permission from the American Chemical Society)
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there is no rheological transition pressure for unsaturated acyl chains, just as there
was high-pressure film balance transition [7]. Overall, these experiments confirmed
that a high-pressure film balance transition is necessary for a rheological (gelation)
transition to occur.

In another experiment it was shown that, while necessary, a high pressure film
balance transition is not sufficient to cause this gelation to occur. The lipopolymer
composed of lipids and polyethyloxazoline connected through an amine headgroup,
DODA−PEOx35 underwent a high pressure film balance transition. However, it
showed a loss modulus consistently higher than the storage modulus at all sur-
face areas measured, and thus never displayed a rheological gelation transition
[12]. Saturated phospholipids without polymer chains also never display rheolog-
ical transitions, even though they obviously undergo acyl chain condensation [7].
In summary, the strength of the network, as characterized by its elasticity, is de-
pendent on the strength of molecular interactions within the lipid moiety, but the
lipid must be covalently connected to a polymer for gelation to occur. In particular,
the strongest rheological transition occurs for DSPE–PEG2000; shortening or de-
saturating the lipid chain minimizes the rheological transition (and diblocks at the
air–water interface without the dual acyl chains do not undergo the rheological tran-
sition to gels at all); changing the connecting head group can disrupt the rheological
transition; and substituting PMOx for PEOx in otherwise identical systems does not
affect the rheological transition, but both exhibit a transition at more concentrated
areas per molecule than PEG lipopolymers. Cataloging the various lipopolymeric
rheological transitions to an elastic monolayer does not, however, by itself, bring an
understanding of the underlying phenomenon causing this behavior.

Polymers are known to become elastic upon interdigitation and entanglement,
which might explain the elasticity of the monolayers above the viscoelastic tran-
sition. However, such a process is highly unlikely in a lipopolymer monolayer at
the air–water interface given the short lengths of the polymeric chains involved.
An alternative possible explanation is that hydrogen bond bridges between the head
groups during lateral compression to higher pressures store the elastic energy, as
proposed in the earlier work of Naumann and Schneider [2,22]. However, it has been
shown that there is no attractive interaction potential between PEG chains [23, 24].
In addition, studies of PEG star copolymers in different pH solutions showed that
it is unlikely there are hydrogen bond bridges between the PEG moieties, at least
during lateral compression [25].

To understand further the nature of the rheological transition, a series of exper-
iments were performed by our lab monitoring the time evolution of viscoelastic
properties in PEG lipopolymer monolayers at film pressures near the gelation tran-
sition (previously unpublished data). In particular, the DSPE–PEG series with PEG
molecular weights from 750 to 5,000 were measured at particular film pressures
slightly less than and slightly more than the rheological transition pressure (accuracy
of dynamic moduli is around ±5%). The storage and loss modulus of a mono-
layer of pure DSPE–PEG2000 just below the rheological transition pressure, at
20.1mN m−1, started out with the loss modulus higher than the storage modulus
(non-gel state) at time = 0, but after 30 min, these values switched, and by 1 h,
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the storage modulus was significantly higher and remained so for the duration of
the experiment (4 h) (Fig. 12b). Similar behavior was observed when storage and
loss of DSPE–PEG2000 were tracked at slightly higher pressures as well (data not
shown). Thus, for DSPE–PEG2000, the longer the system was tracked by a rheo-
logical probe, the higher the storage modulus.

As illustrated in Fig. 12, however, the behavior of DSPE–PEG2000 was notably
different than the behavior exhibited by either the longer chained lipopolymers or
the shorter chained lipopolymers. DSPE–PEG750 had a very different response.
When dynamic moduli were monitored over time at a pressure of 19.5mN m−1,
corresponding to slightly above the expected rheological transition pressures, the
storage modulus started out higher, in a gel state, but over 2–3 h, the storage mod-
ulus decayed until the loss modulus was higher, or liquefaction occurred. It is
recalled that for these length chains, at pressures more than 10mN m−1 above the
rheological transition pressure, the gel state also collapsed and the monolayer liq-
uefied [11]. When the time study was performed below the transition pressure, the
low-weight monolayers stayed in the non gel state, and did not achieve the gel state
within the time period studied, unlike the behavior of DSPE–PEG2000 (data not
shown). Looking at the other end of the PEG spectrum, the DSPE–PEG5000 at
20.5mN m−1, just below the rheological transition pressure, stayed in the non gel
state for the full 4 h, but at 22.0mN m−1, the DSPE–PEG5000 started out well into
the gel-state with storage more than twice as high as loss modulus, but over a time
period of less than 2 h, the monolayer liquefied and the situation was reversed. In
summary, DSPE–PEG2000, over time, quickly developed into the gel state from
just below the rheological transition pressure, but shorter and longer lipopolymers
not only did not develop into the gel state from just below the rheological transition
pressure, but decayed from the gel state to a liquid state at pressures just above the
rheological transition pressure.

The results obtained from the study of the time evolution of viscoelastic prop-
erties are exciting because they show that the behavior of the DSPE–PEG2000
is reminiscent of the rheological behavior of star polymers [26, 27]. In those sys-
tems, concentrations of star polymers in good solvent swell upon heating and form
jammed clusters which cause the solution to become elastic. This condition is ther-
mally reversible. The conditions necessary are dense star solutions, a high number
(>64) of arms for the star polymer, and intermediate (that is, better than Θ but not
necessarily athermal) or good solvent [26]. Jamming of polymeric micelles of di-
block copolymers, again in 3D have also been observed [28, 29]. Renou et al. noted
that the transition which can be obtained by varying the temperature can also be ob-
tained by increasing the volume fraction [29]. Here the diblock micelles first form
upon increasing concentration, and then upon further compression act as dynamic
(as opposed to covalently linked) star polymers and jam together while retaining
their soft boundaries, thus leading to elastic behavior. At some increased concentra-
tion, these micelles form a crystalline structure.

The similarity between viscoelastic properties of lipopolymer monolayers and
star polymers suggests that the gelation transition in lipopolymer monolayers might
be caused by a jamming transition of micelles as well. Such a model is attractive
because the ability to form surface micelles should be strongly connected to the
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Fig. 12 a–c Time evolution of viscoelastic properties near the gel point for DSPE–PEG750, DSPE–
PEG2000, and DSPE–PEG5000. a DSPE–PEG750, short-chain lipopolymer, starts out above the
viscoelastic transition point at 19.5mN m−1 but after 1 h, a gradual breakdown of the gel can
be observed. After 2.5 h the loss modulus becomes higher than the storage modulus. b DSPE–
PEG2000 starts out below the viscoelastic transition point, at 20.1mN m−1, and within 30 min has
undergone gelation leading to a notably higher storage modulus and a slightly higher loss modulus.
c DSPE–PEG5000, a long-chain lipopolymer, starts out above the viscoelastic transition point at
22.0mN m−1 but within 2 h, the viscoelastic gel has broken down leading to similar results as a
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ability of lipopolymers to exhibit a gelation transition. The data obtained from star
polymers and diblocks indicate that the gelation transition requires the jamming of
such surface micelles. Unlike other models, the jamming model is able to explain the
importance of a long saturated lipid tail that can undergo acyl chain condensation
in order to obtain a gelation transition. Within this model, it can also be rational-
ized that the length of the polymer chains will affect the ability of the lipopolymers
to form jammed surface micelles. Polymers which are shorter will aggregate into
surface micelles with shorter, less soft polymer shells less able to accommodate
and form jams, so that increasing compression can cause the elastic monolayer to
collapse. Monolayers of longer polymers, such as DSPE–PEG5000, may form sur-
face micelles with insufficient aggregation numbers, which may lead to increased
micelle interpenetration or deformability, thus enabling surface micelles to avoid
lateral stress more easily, and thus present themselves as less elastic and more likely
to rearrange and break down over time. It will be interesting to compare the vis-
coelastic behavior of mixtures of lipopolymers and phospholipids, since if they form
micelles, there would be fewer polymeric moieties for the same number of con-
densed acyl chains in a mixture. This will be discussed in depth below in Sect. 3.2.

2.3 Diffusion Properties of Lipopolymers in Langmuir
Monolayers

Another method of investigating monolayers is to study the diffusion of lipopoly-
mers within the monolayer as a function of surface density (area per molecule).
The manner in which the lipopolymers diffuse can shed light on how they organize
and their usefulness in mixed lipopolymer phospholipid bilayers. Diffusion analysis
can be accomplished through wide-field single molecule fluorescence microscopy.
It must be remembered that determining diffusion data from fluid monolayers at
the air–water interface is experimentally quite challenging, since the possibility of
water flow affects the diffusion measurements. Unless properly accounted for, sur-
face flow can introduce large margins of error. The specifics of a single molecule
imaging set-up for monolayer experiments at the air–water interface have been
reported elsewhere [30, 31], but in essence, lipopolymers are labeled with tetram-
ethyl rhodamine isothiocyanite (TRITC) through thiourea coupling, and added to a
lipopolymer monolayer at a mol concentration of 1× 10−8 mol%. Then, after the
lipopolymers are assembled on the monolayer at the desired area per molecule, an
excitation source coupled to an intensified CCD camera with a synchronized shut-
ter creates instantaneous micrographs of the position of the fluorescent particles,
and the data are transferred to image recording and single molecule tracking soft-
ware. From this, the positional change of single fluorescently-labeled molecules is
analyzed for each successive frame using a constant time lag. By tracking two to
four molecules per frame, it is possible to determine relative positional changes
and obtain flow-corrected square displacements, r2. When enough of such data are
collected, these can be averaged to determine the mean squared displacement, and
if the data fit a normal diffusion curve, a diffusion coefficient, D, can be determined.
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By using the described single molecule imaging approach, the diffusion proper-
ties of DiC18PMOx30 and DiC18PMOx50 were determined at eight different surface
concentrations, from fairly dilute up to just below the high-pressure transition con-
centration, at which level the diffusion decreases nearly to zero [31]. PMOx systems
were chosen since they do not undergo a low pressure transition, and two different
length polymers were utilized for the purpose of comparing diffusion coefficients of
lipopolymers with different length polymers. The lateral diffusion was found to be
Brownian at all concentrations studied, and the diffusion coefficient, D is plotted vs
area per molecule, A, for both DiC18PMOx30 and DiC18PMOx50 in Fig. 13.

Interestingly, the lipopolymers exhibit two different diffusion regimes, labeled
as Regions I and II. In Region I, in the case of weak interpolymer interactions,
D is independent of A, but the plateau or Region I value depends on the number
of polymeric units, N. In Region II, D scales proportionally with A, and is also
dependent on N.

The diffusion properties in Region I are well described by the Rouse model,
which predicts the self-diffusion coefficient will scale as 1/N, the number of
monomeric units. Applied to the two lipopolymers of interest, the Rouse model
predicts the ratio

DdiC18PMOx30

DdiC18PMOx50
=

50
30

= 1.67. (2)

This Rouse ratio is in excellent agreement with our diffusion data in Region I, which
provide

DI,30

DI,50
=

9.7
5.7

= 1.7. (3)

II I

10

8

6

4

150 200

Area per Molecule [Å2]

N=30

N=50

D
 [μ

m
2 

/s
]

250 300

Fig. 13 Single molecule tracking data of dye-labeled PMOx lipopolymers as a function of area per
molecule. The plots of the lateral diffusion coefficient, D, vs area per molecule for DiC18PMOx30
and DiC18PMOx50 show two different diffusion regions (labeled I and II). Unlike in Region II, D
follows Rouse scaling in Region I [31] (reproduced with permission from the American Chemical
Society)
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Obviously, the diffusion data in Region II do not obey Rouse scaling because the
diffusion coefficient is now dependent on lipopolymer surface concentration. Due
to the higher surface density of lipopolymers in this region, more significant inter-
polymer interactions can be expected. The diffusion properties of polymers in bulk
at elevated concentrations are characterized by chain entanglement and reptation.
Here the self diffusion of reptating chains can be expressed by D ∼ c−αNβ, with
α = 1.75 and β = 2 [32, 54, 55]. The data shown in Fig. 13 for the lipopolymers
do not fit these coefficients well; the best fit for α for diC18PMOx30 is 4.9, and for
diC18PMOx50 it is 2.4, and the best fit for β is 1.6 [31]. This disagreement is not sur-
prising because it is hard to visualize lipopolymers with their lipid tails constrained
to a surface involved in a two- or three-dimensional reptation and because the chains
are too short to exhibit significant entanglement.

Another model for understanding the diffusion of lipopolymers at the air–water
interface in Region II is the free area model, useful for describing the motion of
phospholipids on a Langmuir monolayer and many systems where the diffusing par-
ticles can be approximated by hard spheres, disks or cylinders [38]. In this model,
a particle can diffuse in any direction that is free, or in other words, in any di-
rection that is empty of another particle. As would be expected, more crowded or
concentrated systems diffuse more slowly. Assuming the particles are at a constant
temperature and that other energetic considerations can be described within a con-
stant, Do, this type of diffusion can be expressed as

D = Do exp

(
− γAmin

Afree

)
, (4)

where γ is a scaling constant to be found, Amin is the minimum free area per lipopoly-
mer required for diffusion, Afree is the average free area per lipopolymer given by
Afree = Alipo −Amin, and Alipo is the area per molecule, as graphed in Fig. 13 [31].
If Amin is estimated by extrapolating the D vs Alipo plot to D = 0, both lipopolymer
curves depicted above show an excellent agreement with this model in Region II
when ln(D/Do) is plotted against (Amin/Afree), and this graph is shown as Fig. 14.

In addition, the slopes of the lines are well within the expected range for the
free area model of 0.5 ≤ γ ≤ 1, with values of 0.77 and 0.66. The good agree-
ment between diffusion data and free-area model indicates that the lipopolymer
lateral diffusion is dependent on the strength of interpolymer interactions and that
the polymer moieties behave like rigid spheres or cylinders during the diffusion
process (nondraining behavior). Figure 14 provides a few interesting implications
for lipopolymer–lipid mixtures. First, lipopolymers characterized by significant
interpolymer interactions can simply be considered diffusion obstacles for phospho-
lipids, as confirmed in polymer-tethered monolayers and bilayers [39, 40]. Second,
if the lipopolymers behave as hard cylinders in fluid conditions under appropri-
ate conditions such as explored in this section, it is reasonable to expect that they
can be modeled as hard cylinders in mixed phospholipid–lipopolymer monolayers,
explanation of which will be the subject of the second half of this chapter.
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Fig. 14 Plot of ln(D/D0) vs Amin/A f , for n = 30, 50 in diffusion Region II. The dashed and solid
lines represent the best linear fits for n = 30 and n = 50, respectively. The excellent agreement
between data points and fits shows that D of end-tethered PMOx chains in diffusion region II
is well described by the free area model [31] (reproduced with permission from the American
Chemical Society)

It is worth noting that the observed diffusion behavior of lipopolymers at the
air–water interface shows some similarity to corresponding results on diblock
copolymers, which are arranged in 2D. Lower molecular weight diblocks were
found to follow Rouse scaling, whereas their higher molecular weight counter-
parts were better described by processes of activated reptation and block retraction
[33–37]. Furthermore, temperature-dependent studies on diblocks organized in
polymerosomes also showed that the self diffusion can be interpreted by a free vol-
ume theory [33].

3 Lipopolymer–Phospholipid Monolayer

3.1 Structural Properties

Although the first section of this chapter was concerned with structural and dynamic
information on monolayers of lipopolymers, before investigating lipopolymer–
phospholipid mixtures, it is reasonable to consider the structural information that
exists concerning pure phospholipid monolayers at the air–water interface. Film
balance experiments, X-ray and neutron reflectometry, and molecular dynamics
simulations have provided insight into the structural properties of these biologically
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Fig. 15 Conceptual π−A isotherm for DPPC showing the different phases: G for gas, LE for liquid
expanded, LC–LE for the transition region where both liquid expanded and liquid condensed exist,
and LC for the liquid condensed region

important amphiphiles. Figure 15 illustrates a π−A isotherm of the saturated phos-
pholipid DPPC, which exemplifies the typical phase properties of saturated lipids in
a monolayer at the air–water interface (data from our laboratory).

At high area per molecule, the monolayer is first incomplete and is described
as being in a gassy state, but after completion exists in the liquid-expanded (LE)

state. Upon further compression, a plateau is reached, in the range of 50–70 Å
2
,

followed by a sharp increase in surface pressure after the phospholipids are all in
the liquid-condensed (LC) state. Molecular dynamics simulations suggest that the
head groups do not change orientations or order when transitioning from LE to
LC [41]. In particular, the phosphate–nitrogen tilt angle is roughly parallel to the
surface of the water and is not affected by compression of the monolayer through
the phases from LE to LC; and the methyl groups on the choline prefer to sit at
the air–water interface in both phases. In contrast, the lipid tails change from dis-
ordered in the LE phase to hexagonal packing in the LC phase [41], and thus the
plateau represents a conformational change very similar to the acyl chain conden-
sation described for lipopolymers by [6]. This is interesting because it shows the
great similarity between the phase transitions of the phospholipids and the lipopoly-
mers: in both, the systems start out widely spread, then upon compression, both
undergo acyl chain condensation. Therefore, it is reasonable to project that mixtures
of phospholipids and lipopolymers will also undergo similar processes. On the other
hand, at high lipopolymer molar concentrations, significant repulsive interpolymer
interactions are likely to occur, which should cause high lateral stress in the mixed
monolayer with possible consequences for structural and dynamic properties. Here
it cannot be excluded that lipopolymers with a very hydrophilic polymer moiety,
such as polymethyloxazoline, and those with an amphiphilic polymer moiety, such
as PEG and polyethyloxazoline, cause different structural and dynamic properties.
The current section will provide an overview over the existing knowledge on mixed
lipopolymer–phospholipid Langmuir monolayers.
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Fig. 16 π −A isotherms of different DMPC–DSPE–PEG2000 mixtures for lipopolymer molar
concentrations of 5–100 mol%. At ≥ 30mol%, the π−A isotherms show the high-film transition at
∼ 19mN m−1 (see inset). At lower mol%, the transition becomes much less noticeable and shifts
to higher film pressures [42] (reproduced with permission from the American Chemical Society)

Several film balance studies have been reported on lipopolymer–phospholipid
mixed monolayers at the air–water interface. Figure 16 displays the π−A isotherms
of a binary DMPC/DSPE–PEG2000 mixed monolayers ranging from 5 to 100 mol%
DSPE–PEG2000 [42]. The isotherm of the lowest concentration of lipopolymer,
5 mol%, is to the right of all the other isotherms, since that mixture contains a large
fraction of phospholipid (95 mol%) which is not taken into consideration in this
pressure–“area of lipopolymer” isotherm. The analysis of these data provides sev-
eral interesting results. First, for concentrations larger than 30 mol% lipopolymer,
the isotherm of the mixture is nearly identical to the isotherm of the pure lipopoly-
mer. Second, all of the isotherms, even as low as 5 mol% DSPE–PEG2000, show the
same low film pressure plateau around 9mN m−1. As discussed before, this plateau
is related to the desorption of the PEG polymers from the air–water interface, which
possibly is assisted by the presence of choline headgroups of DMPC. Third, the
high pressure transition is still visible at nearly the same pressure for lipopolymer
concentrations of 30 mol% and higher. It has been pointed out that the observed
disappearance of the high-film pressure transition at lower lipopolymer molar con-
centrations could be related to the inability to force the polymer chains into a more
stretched configuration. Under such circumstances, lipopolymers are expected to be
too far away from each other to undergo acyl chain condensation [42]. These data
are interesting because they suggest that phospholipids act as templating molecules
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for lipopolymers in a binary phospholipid–lipopolymer mixed monolayer. Such an
interpretation is in good agreements with epifluorescence microscopy studies on this
binary mixture, which found no evidence for large-scale phase separations between
DMPC and DSPE–PEG2000 at any lipopolymer molar concentration studied [42].
This result is particularly notable if one considers that binary mixtures of phos-
pholipids with a comparable mismatch in acyl chain length are known to exhibit
pronounced phase separations [43, 44].

It is also instructive to analyze the behavior of mixtures where both phospholipids
and lipopolymers contain the same sized 18 carbon lipid tails, such as mixtures of
DSPC and DSPE–PEG2000. π− A isotherms of these mixtures are qualitatively
similar to the isotherms of DMPC/DSPE–PEG2000 mixtures. The high pressure
transition can be seen with mixtures as low as 10 mol% lipopolymer, but at this
concentration it occurs at a higher surface pressure [45]. By plotting the area per
molecule vs mole fraction of DSPE–PEG2000 for a constant surface pressure at
6.1mN m−1 (below the first transition point) and at 14.8mN m−1 (above the first
transition point), Xu et al. also obtained several other interesting results, as shown
in Fig. 17. They found that at the low surface pressure, 6.1mN m−1, an exactly
linear relationship existed between area per molecule and mole fraction, indicat-
ing there is additivity in molecular area with increasing PEG–lipid. In other words,
both PEG–lipid and lipid compete equally for space at the air–water interface in that
regime. At the higher pressure, however, increasing the fraction of PEG–lipids up
to about 5 mol% does not increase the average area per molecule proportionately.
The authors concluded that in this regime, at very low concentrations, the area per
molecule is dominated by the headgroup area of the phospholipid at the interface,
but at around 5 mol% lipopolymer the area per molecule value for a given pressure
begins to become dominated by the area occupied by the lipopolymer in the wa-
ter subphase. Moreover, this effect is most marked during a transition which starts
about 5 mol% and continues to around 20 mol%. Above 20 mol% lipopolymer, the
area per molecule is again a straight line proportional to the concentration of DSPE–
PEG2000, as can be seen in Fig. 17. This elegant experiment shows that for low
pressures, phospholipids and lipopolymers mix homogeneously at the air–water in-
terface, and lipopolymers act essentially the same as phospholipids, but at higher
pressures, the polymer moiety plays a significant role in determining the surface
pressure. Xu et al. also looked at π−A isotherms of pure PEG-2000, unconnected
to a lipid anchor, and determined that it submerges from the air–water interface at
pressures a little less than 5mN m−1, lending support to the concept that the first
transition is the submersion of the polymers from the surface.

Xu et al. also considered the hydration of the polymer moiety of PEG lipopoly-
mers at different surface pressures and concentrations [45]. From π−A isotherms
of pure PEG, they determined that each PEG monomer is fully hydrated with about
three water molecules. Upon increasing the concentration of PEG lipopolymers at
the air–water interface, they determined that the water is gradually squeezed out.
This finding leaves the possibility that the high-pressure plateau of lipopolymers is
at least partially accompanied by a dehydration process in the polymer moiety. Thus,
the energetic factors contributing to the second transition and the acyl chain conden-
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Fig. 17 a, b Area occupied per PEG2000 molecule grafted to DSPE as a function of mol% of
DSPE–PEG2000 in the lipid mixture at surface pressures of a 6.1mN m−1 and b 14.8mN m−1 [45]
(reproduced with permission from the American Chemical Society)

sation include not only the enthalpic gain of the lipids becoming aligned but also the
entropic loss of the dehydration of the PEG chains and the entropic loss due to the
lipid ordering. This dehydration has been reported as a suggestion that water acts as
a poor solvent for lipopolymers at higher pressures [6]. Finally, through comparison
of pure PEG π−A isotherms with mixed monolayer systems, Xu et al. considered
whether it was appropriate to label the high pressure transition a mushroom to brush
transition. If a brush is said to be present when there are no remaining monolayers
at the air–water interface, and the surface area per monomer is determined through
the π−A isotherm of the PEG2000 in the pancake conformation, then it is a simple
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matter to calculate the area per molecule when the last PEG monomer will desorb
from the surface. Xu et al. calculated that the transition to brush occurs at areas
slightly smaller than the first transition, but much larger than the second, high pres-
sure transition. The mushroom-brush nomenclature, however, may not be the best
terminology if the systems are, as discussed in Sect. 2.3, in jammed micelles or
other aggregates.

π−A isotherms of mixtures have also been taken at different temperatures as
well, in an effort to understand the stability of these monolayers and the entropic fac-
tors associated with the mixing [46]. There, a two-dimensional Clausius–Clapeyron
equation was used to find the heat of mixing, and from this, the entropy associated
with the low pressure transition. Unfortunately, these authors did not extend their
analysis to mixtures at the high pressure transition to compare their findings with
the predictions of Xu et al. Majewski et al. earlier published π− A isotherms of
DSPE with 0–9% DSPE–PEG2000 with nearly identical results to those reported
by Xu et al. [47]. For example, 9 mol% lipopolymer also displayed a high pressure
transition. Their work is particularly interesting because the film balance experi-
ments were accompanied by complementary neutron reflectometry studies which
will be discussed below.

Different experimental methods have been used to obtain information on how the
phospholipids and lipopolymers pack together in a binary mixture. Using neutron
reflectometry, Majewski et al. determined the scattering length density profile of
the monolayer perpendicular to the air–water interface for mixtures of DSPE with
0–9 mol% DSPE–PEG2000 at high surface pressures, around 40–45mN m−1 well
above πhigh [47]. Reflectivity curves and corresponding scattering length density
profiles from this study are depicted in Fig. 18.

Majewski et al. found that for the system of pure DSPE at this high pressure of
42mN m−1, the lipid tails obtain their greatest density around 25 Å below the sur-
face (the air–lipid interface), the head group is evident by a change in density around
40 Å below the surface, and this is followed by a return to the density of water at
around 50 Å below the surface. The reflectometry curves in the presence of 1.3 and
4.4 mol% DSPE–PEG2000 are qualitatively similar to that of pure DSPE. In par-
ticular the 1.3 mol% PEG trace shows great similarity, with only a slightly greater
depth for the location of the head group to 45 Å below the surface, and the trace
has largely returned to the density of water around 55 Å below the surface. For the
4.5 mol% PEG trace, the acyl chain peak is less pronounced, but the depletion layer
signifying the headgroup is still very prominent. In addition, there is a contribution
to the density from the polymeric chain beyond 55 Å even down to 110 Å below
the surface. The situation for the 9 mol% PEG trace, however, is quite different. The
acyl chain peak is much less pronounced, with a peak perhaps one third the height
of the pure DSPE system. Next, unlike the other mixtures, there is no corresponding
dip in the scattering length density signifying the headgroup, but the trace instead
displays a slow trailing off of density. This is interpreted as showing a roughening
of the acyl chains over a larger depth, as well as PEG existing in the area of the
headgroup. The contribution from PEG beneath the headgroup reaches a minimum
around 65 Å below the surface and then slowly returns to the density of water at
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Fig. 18 a Neutron reflectometry data for lipid/PEG–lipid monolayers on a pure D2O subphase.
The four reflectivity curves correspond to a pure DSPE monolayer and to mixtures of DSPE and
DSPE–PEG2000. In this set of data, all of the DSPE and DSPE–PEG2000 lipid hydrocarbon chains
were fully deuterated (case 1). Full lines represent free form fits to the individual measurements.
b. Corresponding scattering length densities (β (z)) obtained from the fits shown in a [47] (repro-
duced with permission from the American Chemical Society)

around 145 Å below the surface. Majewski interprets the 4.5 and 9 mol% systems
as evidence of mushroom and brush conformations. In the first, here called mush-
room conformation, the monolayer acts essentially as a phospholipid monolayer,
but with some density beneath the headgroups. In the second, here called brush
conformation, there is roughening of the lipid layer as seen by the lowering and
spreading out of the acyl chain peak, and there is no expected depletion layer as the
polymeric brushes are crowded in among the headgroups, and forced to stretch out
further from the surface than in the lower mol% system [47]. The film balance data
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support the notion that DSPE–PEG2000 has different polymer conformations at 4.5
and 9 mol% lipopolymer at 42mN m−1. The 4.5 mol% mixture does not show the
high pressure transition and thus the PEG chains of the lipopolymers appear to be
in roughly the same conformation as a pure lipopolymer at a lower pressure, for ex-
ample, at about 15mN m−1. By contrast, the 9 mol% system appears very similar to
pure lipopolymer systems above the high-pressure transition, at about 30mN m−1.

Gutberlet et al. obtained neutron and X-ray reflections from surface monolay-
ers of phospholipid–lipopolymer mixtures of DMPC and diC18−PMOx30 at three
surface pressures, 4, 17, and 30mN m−1 and systems of 0, 25, and 50 mol%
diC18−PMOx30. They found a linear increase in layer thickness with increasing
film pressure for all three lipopolymer molar concentrations and concluded that the
polyoxazoline layer thickness develops rather continuously as a function of the lat-
eral pressure, at least up to 30mN m−1 [48]. Unfortunately, Gutberlet et al. did not
publish a π−A isotherm for their mixtures. The pure PMOx system starts to transi-
tion at around 29mN m−1 at 20◦C [6], and introducing lipids to lipopolymers either
does not change the pressure at which the high pressure transition occurs, or it in-
creases the high pressure transition for low concentrations of lipopolymers [12] so
it may well be that these data are looking at monolayers which, although at different
pressures, are all in the same conformation, which would explain the linearity of
change in layer thickness.

Another technique that has been used to characterize a lipopolymer–phospholipid
monolayer at the air–water interface is sum frequency generation (SFG) spec-
troscopy [49]. SFG is useful for analyzing monolayers at the air–water interface
because the conformation of the molecules at the surface can be analyzed and
compared to the IR peaks of functional groups on molecules with well known con-
formations. For example, the OH stretches will display information on how the
water interacts with the mixture: a 3,200cm−1 band is seen when water is hydro-
gen bonded to other molecules in a coordinated fashion; a 3,400cm−1 is observed
when water is loosely coordinated or hydrogen bonded with other molecules at the
surface; and a band around 3,700cm−1 is found for pure liquid water at the air–
water interface. In addition, the CH2 and CH3 stretches can give information on the
conformation and tilt angle of the lipid tails. Ohe et al. took data on monolayers of
DSPE with varying concentrations of DSPE–PEG2000 from 0 up to 16.7 mol%, at
5, 15, and 35mN m−1, corresponding to the states below, between and above the
two transition pressures [49].

These authors showed that pure DSPE displayed very low contributions of OH
bands at any of the three surface pressures, corresponding to little water at the sur-
face (as would be expected, since the top layer is all acyl chains), but there were
small bands at 3,200 and 3,400, though none at 3,700. On increasing the mole frac-
tion of DSPE–PEG2000 in the monolayer, however, both the 3,200 and 3,400cm−1

bands became more pronounced at all surface pressures, increasing with mol frac-
tion. This reconfirms that the PEG headgroups at the surface are surrounded by
a hydration shell and thus there are tightly coordinated waters hydrogen bonded
to the PEG. In fact, the ice-like band, 3,200cm−1, becomes more pronounced on
increasing pressures or increasing DSPE–PEG2000 mol% concentration. Interest-
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ingly, for concentrations of 1.3 and 4.5% DSPE–PEG2000 at all surface pressures,
as well as for all concentrations at the low 5mN m−1 pressure, the relative propor-
tion of ice-like band and liquid-like bands are roughly equal, with the ice-like band
having a somewhat greater amplitude than the liquid-like band. Comparing SFG
data at 5 and 15mN m−1 shows that increasing lipopolymer concentrations beyond
4.5 mol% does little to increase the 3,400cm−1 liquid-like stretch, but it does in-
crease the ice-like 3,200cm−1 band up to 16.7 mol%. At 35mN m−1, there is very
little change in either OH stretch from 4.5 to 16.7 mol%, and even pure DSPE–
PEG2000 shows little change in the magnitude of the OH stretches compared to
4.5 mol%. Ohe et al. interpreted this data to show that, at higher pressures (above
5mN m−1) and higher concentrations (above 4 mol%), there was no corresponding
increase in water as would be expected from water hydrogen bonded to the PEG,
but instead the PEG in those systems must be increasingly dehydrated relative to the
PEG in the lower pressure or lower concentration monolayers. Thus, energetic fac-
tors must be responsible for squeezing the water out of the monolayer. This analysis
agrees in principle with the findings of Xu et al. with regard to dehydration, which
were obtained from film balance studies [45].

The CH2 and CH3 stretches were also analyzed at the same variations of pres-
sures and concentrations [49]. Typically, CH3 can display a band at 2,950cm−1

which is the overlap of an asymmetric stretching at 2,960cm−1 and Fermi resonance
bands at 2,940cm−1 and a stretch at 2,870cm−1 corresponding to a CH3 symmetric
stretching band. In addition, there is a CH2 symmetric band at 2,850cm−1 which
corresponds to a system with gauche isomers. The gauche isomer is slightly en-
ergetically less stable, but is found in liquid or noncondensed systems. For pure
DSPE–PEG2000, at 15mN m−1 there is a slight band showing evidence of gauche
isomers. At 35mN m−1, this band has disappeared, and there is no evidence of
gauche isomers. This is in agreement with the findings in [6]. Interestingly, in the
mixed monolayers, Ohe et al. found no evidence of the 2,850cm−1 band, that is,
no gauche isomers are seen, at any concentrations or pressures [49]. By compar-
ing the line amplitude of the symmetric and asymmetric stretches of the terminal
methyl groups in the different mixtures, it is also possible to draw conclusions
about the tilt angle of the terminal methyl groups. At the low surface pressure of
5mN m−1, tilt angle increases with increasing concentration of DSPE–PEG2000
to nearly 90◦ at greater than 10 mol% DSPE–PEG2000. This result can be well
understood: There is a decrease in the density of lipid tails and therefore termi-
nal methyl groups with increasing concentration of lipopolymer and this causes
the lipid tails to be less upright, and thus the tilt angle becomes larger. The sit-
uation is different for the 15 and 35mN m−1 pressures. For 35mN m−1, initially
the tilt angle increases slightly with increasing mol fraction of lipopolymer, but
by 10 mol%, the tilt angle has reached a plateau of around 47◦ and it stays there
up to 16 mol%. Ohe interprets these data for the 35mN m−1 system to show that
the PEG groups are completely submerged at this pressure and the acyl groups of
the DSPE–PEG2000 interact much as the DSPE itself, so a change in relative con-
centration does not change the tilt angle of the terminal methyl groups of either
substituent. For the intermediate, 15mN m−1 system, the tilt angle increases more



74 A.P. Siegel and C.A. Naumann

strongly with increasing mole fraction of DSPE–PEG2000 to about 10 mol%, where
it has increased to 58◦ or so. Thereafter, it appears to level off somewhat, or perhaps
increase slightly. This, Ohe interprets, arises because the PEG at this pressure are
not completely submerged and thus the acyl chains are in an intermediate state.
These authors label the 15mN m−1 conformation “mushroom” and the 35mN m−1

conformation “brush.” It is clear from Ohe’s work that the methyl groups on the end
of the acyl chains behave differently in the different mixtures at the different pres-
sures, and there is a change which occurs around 10 mol% lipopolymer where the
acyl chains act in a different manner than below that concentration. Ohe also goes
on to explain Majewski’s result regarding the decrease in the mole fraction of acyl
chains at increasing mol% of DSPE–PEG2000 as being due to the tilting of the acyl
chains, at least in the region up to 10 mol% lipopolymer. This work again confirms
that low concentrations of lipopolymers at high pressures in mixtures act like pure
lipopolymers at low pressures and concentrations, but this must be read carefully in
light of others’ findings on tilt angles of lipopolymeric systems [15].

3.2 Viscoelastic Properties of Lipid–Lipopolymer Mixtures

To this point, the structural data have indicated that mixed monolayers at low pres-
sures act like low pressure phospholipid monolayers, and mixed monolayers at
medium and high pressures act like lipopolymer monolayers in different confor-
mations, depending on the concentration of lipopolymer and the surface pressure
studied. Film balance and interfacial rheology experiments on pure lipopolymer
monolayers also suggest that the gelation transition occurs at or slightly above the
high-pressure transition observed in π−A isotherms. Corresponding experiments on
mixed phospholipid–lipopolymer monolayers will show that the gelation transition
may also occur further away from the plateau of the high-pressure transition. Be-
fore looking at the viscoelastic properties of mixtures, the viscoelastic properties of
phospholipids and lipopolymers should be recalled. Monolayers of phospholipids,
even in liquid condensed phases, never become elastic, which is to say the storage
modulus is never greater than the loss modulus, but both do increase significantly
if the monolayer is compressed to a small enough area per molecule [2]. Monolay-
ers of lipopolymers are fluid below a rheological transition pressure which is nearly
the same as the high transition pressure found via a plateau in π−A isotherms, and
elastic above the rheological transition pressure. As discussed before, the observed
elasticity is probably due to the formation of small, two dimensional micellar struc-
tures which jam into each other at the air–water interface. As illustrated in Fig. 19,
the rheological response of mixtures of DSPE–PEG2000 and DMPC show a very
interesting trend [42]. For lipopolymer concentrations of 60 mol% or higher, the rhe-
ological response is nearly identical to that of pure lipopolymer, when looked at as a
function of area per lipopolymer. The response is liquid below a transition pressure,
and elastic above the pressure, and continues to be elastic at all higher pressures.
In fact, the rheological transition point is the same, about 165 Å

2
, independent of
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Fig. 19 a, b Viscoelastic response of the DSPE–PEG2000 monolayer as a function of amount of
DMPC incorporated. Loss modulus a and storage modulus b are shown vs Alipo, and are essen-
tially independent of amount of phospholipids incorporated for mol% lipopolymer >40%. No
viscoelastic transition occurs for mol% lipopolymer <40% [42] (reproduced with permission from
the American Chemical Society)
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the amount of phospholipids incorporated, with the only difference being that the
higher mol% have a stronger elastic modulus response. This should be contrasted
with the film balance studies, where high pressure transitions were seen as low as
9 mol% for DSPE/DSPE–PEG2000 systems. At 40–50 mol% DSPE–PEG2000 with
DMPC, there is a rheological transition at about Arheo = 165 Å

2
for the loss mod-

ulus, but not for the storage modulus at 40 mol%, and the increase in the storage
modulus at 50 mol% never exceeds the loss modulus so the monolayer does not
become elastic at any area. This is interesting because unlike the structural studies
which show similar behavior down to 9 mol% lipopolymer, here a significant differ-
ence is found even at 50 mol% lipopolymer. Clearly, there are conditions where no
gelation transition can be observed, even though a high-pressure transition is found.

To evaluate further the viscoelastic properties in lipid–lipopolymer mixed
monolayers, the frequency dependence of the magnitude of the dynamic modu-
lus |Gs

∗(ω)| was determined as well, where Gs
∗(ω) = Gs

′(ω) + i Gs
′′(ω) [42].

Here two different situations were considered. First, |G∗
s (ω)| at different fre-

quencies was monitored at 50 mol% DSPE–PEG2000 as a function of area per
lipopolymer (Fig. 20a) Second, |G∗

s (ω)| at different frequencies was determined
for different lipopolymer molar concentrations at a constant area per lipopolymer
(Fig. 20b). Overall, the data in Figs. 19 and 20 indicate that increasing amounts
of phospholipids weaken the ability to form gels and reduce the strength of such
physical networks, thus supporting the notion of phospholipids acting as templating
molecules in the mixed phospholipid–lipopolymer monolayer.1 These data also
show that, in many significant ways, dilute mixtures of lipopolymers at high surface
pressures act like pure lipopolymers at low surface pressures.

As illustrated in Fig. 21, Naumann et al. also explored the reversibility of the
gelation transition [42]. Here the loss modulus was tracked in a DMPC/DSPE–
PEG2000 mixed monolayer with 40 mol% DSPE–PEG2000 during compression
and subsequent expansion of the monolayer. Both curves are almost identical, thus
suggesting a thoroughly reversible process. Interestingly, as can be seen by refer-
ring back to Sect. 2.2., the viscoelastic response for 40 mol% DSPE–PEG2000 is
also remarkably similar to the behavior of the loss modulus at different Alipo for
monolayers of pure DiC18PEOx31, DSPE–PEG750, and DSPE–PEG1000, which
underwent a comparable collapse.

To obtain more insight into the relationship between high-pressure film balance
and gelation transitions, Naumann et al. also determined the location of the gelation
transition in the π−A isotherms of the DMPC/DSPE–PEG2000 mixed monolayer
at various lipopolymer molar concentrations [42]. As shown in Fig. 22, unlike for
pure lipopolymer systems, viscoelastic and high-pressure film balance transitions
typically do not overlap. Furthermore, below 80 mol% lipopolymer, the gelation
transition is clearly outside the plateau region of the corresponding π−A isotherm

1 Interestingly enough, the storage modulus of diblock copolymers is weakened by increasing the
mol fraction of one of the substituents of the diblock, unfunctionalized PEG chains [47]. This
is similar to the current situation if a DSPE-PEG2000 lipopolymer is considered a short diblock
copolymer and the mixed-in phospholipid is considered one of the substituents of the diblock.
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Fig. 20 a, b Frequency dependence of the magnitude of the dynamic modulus a for different Alipo

at a constant mol% = 50mol% lipopolymer and b for different mol% at a constant Alipo = 150 Å
2
.

At high Alipo and low mol% no network forms but at low Alipo and high mol% there is clear
evidence of gel formation. Solid line represents response of the needle at the clean water surface
[42] (reproduced with permission from the American Chemical Society)

and does not cause any change in the slope of the isotherms. This result clearly in-
dicates that the high film pressure and gelation transitions describe two related, but
different, transition phenomena. It also supports the notion that the high-pressure
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Fig. 21 Loss modulus vs Alipo plotted for 40% lipopolymer during compression and expansion
of bilayer shows reversibility of the viscoelastic transition. Also, the gel exhibits a collapse at
smaller Alipo (and higher pressures) than pure lipopolymer [42] (reproduced with permission from
the American Chemical Society)

Fig. 22 π− A isotherms of mixtures of DMPC/DSPE–PEG2000 from 10 to 100 mol% DSPE–
PEG2000, where the film balance transitions are plotted for each isotherm and the viscoelastic
transitions are plotted for 40–100 mol%. The transitions only coincide at 100% DSPE–PEG2000.
The different trends underlie the fact that the high pressure transition and viscoelastic transition
signify different physical phenomena [42] (modified, with permission from the American Chemical
Society)
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transition is associated with the formation of surface micelles and that the gela-
tion transition requires not only formation but also the jamming of such micelles.
Figure 22 also shows that πhigh is well pronounced and largely constant between 30
and 100 mol% lipopolymer, but becomes less obvious and increases with decreasing
lipopolymer concentrations below 30 mol%. This changing behavior between high
and low lipopolymer molar concentrations can be understood in terms of the chang-
ing location of the main lateral pressure in the lipopolymer–phopsholipid mixed
monolayer at high film pressure. At elevated lipopolymer molar concentrations, the
main lateral pressure is localized in the polymer moiety of lipopolymers. In contrast,
with decreasing lipopolymer content at medium to low lipopolymer molar concen-
trations, the lateral stress builds up increasingly in the lipid moieties of lipids and
lipopolymers.

As an interesting side note, the viscoelastic properties of phospholipid monolay-
ers mixed with hydrophobically modified PEG polymers (HMPEG) have also been
studied [56]. A hydrophobically modified PEG polymer is a PEG polymer linked
to an n-butyl group linked to an 18 carbon straight chain thence linked to another
long PEG polymer, all through the use of peptide bonds. In this study, the PEG
polymers were three or six times as long as PEG2000 and each molecule contained
three to five C18 groups interspersed between PEG polymers. These should behave
somewhat like lipopolymers, but these HMPEG are covalently linked to each other,
and are investigated for the degree of protection hydrophobically modified PEG
polymers can afford to liposomes to enable them to evade immune recognition and
protect against complement binding. Pressure–area isotherms of mixtures of these
HMPEG with phospholipids show a plateau around 10mN m−1 and then an increase
up to the film breaking at pressures greater than 50mN m−1 with no high pressure
plateau. Similarly, analysis of the storage and loss modulus show that these systems
do not exhibit the elastic behavior or rheological transitions such as those found
with lipopolymer monolayers (Auguste et al. 2008).

3.3 Diffusion Properties of Lipid–Lipopolymer Mixtures

The diffusion properties of mixtures of phospholipids and lipopolymers should
be discussed in light of the diffusion properties of pure phospholipids and pure
lipopolymers. Wide-field single molecule fluorescence microscopy studies on phos-
pholipid (DMPC and DMPG) monolayers at the air–water interface showed that the
lateral diffusion of phospholipids obeys the two-dimensional free area model [50].
As was noted in Sect. 2.3, pure lipopolymers at appropriate Alipo also obey the free
area model in terms of their diffusion characteristics [31]. Previously, the lateral
diffusion of phospholipids in mixed phospholipid–lipopolymer mixed monolayers
has been determined using fluorescence recovery after photobleaching (FRAP) and
wide-field single molecule fluorescence microscopy [39, 51]. The diffusion results
from these experiments are summarized in Fig. 23. We found that for lipopoly-
mer molar concentrations up to 10 mol% corresponding to area per lipopolymer
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Fig. 23 Lateral diffusion coefficient D as a function of Alipo using FRAP and single molecule
fluorescent microscopy methods [39] (reproduced with permission from the American Chemical
Society)

of a little over 600 Å
2
, with a constant Alipid of 65mN m−1, the diffusion coeffi-

cients were fairly constant. Then, from 10 to 30 mol%, still with Alipid constant, the

diffusion coefficients decrease with decreasing Alipo down to 230 Å
2
. These data

suggest that the lateral diffusion of phospholipids becomes increasingly obstructed
in the presence of significant inter polymer interactions between lipopolymers. The
observed differences in diffusion coefficients for a given Alipo between FRAP and
single molecule imaging in Fig. 23 have been attributed to the different time and
length scales of both techniques [39]. In addition, tracking inaccuracies associated
with the tracking of photolabile dyes exhibiting on–off blinking should be consid-
ered. Despite these discrepancies, both experimental techniques are able to identify
the different diffusion regimes described above.

To explore the impact of the high-pressure transition on lipid lateral diffusion,
Ke and Naumann also determined the lipid lateral diffusion at constant 30 mol%

lipopolymer but decreasing Alipo down to 150 Å
2

[39]. Here, three different diffusion
regimes could be identified. In the first regime, the diffusion is independent of the
concentration of lipopolymer. This behavior is quite similar to the situation of pure
lipopolymers at low pressures, as discussed above. The change-over to the second

regime occurs around 600–650 Å
2
. This corresponds in terms of the π−A isotherms

to around the end of the low pressure transition. Naumann et al. considers how

squeezed a lipopolymer would be at an Alipo = 650 Å
2
, if this represents a polymer

squeezed into a tube, following the calculations of de Gennes [52]. For a polymer
in a thick tube, the relationship is

L =
R2

F

d
. (5)
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This represents the length of the polymer if it is not squeezed, but constrained to
a certain diameter d. The Flory radius for a polymer in a mushroom configuration
is defined by the number of segments N, (in this case 45) and the length of the
monomeric unit, a, (in this case, 3.5 Å) and is written as

RF = aN3/5 = 34.3 Å. (6)

The diameter, d, is calculated from the area per lipopolymer using the familiar re-

lation Area = πr2. Substituting 650 Å
2

for Area gives d = 28.8 Å, and from (5),
L = 40.9 Å. Free polymers in solution would have a value of L = RF. According to

(6), this solution of 30% lipopolymers where Alipid = 65 Å
2

yields L/RF = 1.36/1,
or slightly stretched. Thus, it appears that around the density when the polymers
start to interact with each other and become stretched, they cause the diffusion
of lipids on the monolayer to slow down proportionally [51]. In other words, the
lipopolymers start to act like obstacles instead of fellow-phospholipids. The sec-
ond transition, from the second to the third diffusion regime, appears at around

Alipo = 180 Å
2
. This is a significant concentration because it is around the high

pressure transition seen on π−A isotherms and the rheological transition pressure
of pure lipopolymers. Not surprisingly, the lateral diffusion of lipids is obstructed
below this point.

Further analysis of the relationship of the single molecule fluorescent microscopy
diffusion coefficients is presented in Fig. 24 [39]. To follow the free area model, a
plot of ln(D/Do) vs (amin/af) or, to simplify matters, a plot of ln(D) vs 1/af must
be a straight line at different A studied. This is uniformly the case for phospholipids
such as DMPC, but for lipopolymer mixtures, only the points which were taken at
Alipo > 180 Å

2
agree with the free area model. This corresponds to points a, b, and

c, but not point d.

Fig. 24 Plots of ln(D) vs 1/af for DMPC and the requirements for molecules obeying the free area
model, for pure DMPC and 70 mol%DMPC + 30 mol%DSPE–PEG2000. The straight solid line
indicates that DMPC obeys the free area model. In case of the binary lipid/lipopolymer mixture,
the free area model is only valid between points a–c, but not between c–d [39] (reproduced with
permission from the American Chemical Society)
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4 Conclusion

Overall, existing experimental findings highlight a fascinating relationship between
structural, viscoelastic, and diffusion properties in mixed phospholipid–lipopolymer
mixed monolayers. The various experimental findings provide strong evidence that
these properties can be tuned via the lipopolymer molar concentration. At low
lipopolymer molar concentrations, where no polymer–polymer interaction occurs,
these peculiar amphiphiles act like their phospholipid cousins. At intermediate
lipopolymer molar concentrations, moderate interlipopolymer interactions can be
observed, which may have profound effects on membrane organization and dy-
namics, however, within the context of a fluid monolayer. At elevated lipopolymer
concentrations, interlipopolymer interactions become quite strong and may lead
to phenomena such as surface micellization/physical gelation and pronounced ob-
structed diffusion. Clearly, a fundamental understanding of properties on pure
lipopolymer monolayers provides important insight into the observed behavior on
phospholipid–lipopolymer mixed monolayers. Furthermore, at the air–water inter-
face, phospholipids seem to act as templating molecules, thus providing a tool of
regulating lipopolymer–lipopolymer interactions. Although the findings obtained
from monolayer systems at the air–water interface cannot generally be applied to
polymer-tethered bilayers, they are often quite useful for the characterization and
understanding of their bilayer counterparts. Prominent examples are the obstructed
diffusion of lipids and membrane proteins and the coupling of obstructed diffusion
of phospholipids in polymer-tethered bilayers [40, 53].
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Abstract This contribution describes the assembly and structural and functional
characterization of various types of polymer-supported lipid bilayer membranes. We
start with the description of the polymer-cushioned membrane that can be prepared
by first attaching (covalently) polymer coils (as tethers or cushions) from solution
to a reactive solid support, followed by the covalent coupling of a lipid monolayer
containing reactive anchor lipids. Alternatively, a lipopolymer monolayer (if needed
mixed with “normal” lipids) is pre-organized at the water-air interface in a Langmuir
trough and then transferred to a solid substrate which is again pre-functionalized by
a reactive coating. A special case discussed is the use of glycolipopolymers for the
assembly of the proximal tethered monolayer. From all these interfacial architec-
tures the final structure, the supported bilayer, is obtained by the fusion of vesicles
forming the distal monolayer of the membrane.

For some of these polymer-tethered lipid bilayers a few key performance indi-
cators are discussed. In particular, we describe structural parameters obtained from
surface plasmon resonance spectroscopy and compare those to important functional
features, i.e., the electrical capacitance and resistance of the membrane. Further-
more, the ability of the polymer tethers to swell in water and evidence for the
resulting lateral mobility of the lipid molecules in the membrane as an indicator
for the fluid nature of the tethered bilayers are presented.

Next, the use of polyelectrolyte multilayers, prepared by the layer-by-layer
deposition protocol, as well as the use of polymer cushions prepared by plasma-
polymerization is introduced. Evidence for the proper structural and functional
characteristics of the corresponding tethered bilayers is derived from neutron re-
flectivity and from IR data, and by the observation of the functional incorporation
of proteins.

And finally, the very promising application of hydrogels as cushions but also
as protective coatings for the tethered membrane architectures, eventually allowing
even for operations in air, is presented and discussed.

Keywords Tethered lipid bilayer membrane · Polymer cushion · Lipopolymer
· Glycolipopolymer · Polyelectrolyte multilayers · Plasma polymers · Hydrogels
· Self-assembly · Surface plasmon resonance spectroscopy · Electrochemical
impedance spectroscopy · Neutron reflectometry · Fluorescence recovery after
photo bleaching (FRAP)
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1 Introduction

Approximately 20% of the open reading frames in complex organisms encode
membrane-associated proteins [1]. Despite their abundance and key roles in vi-
tal processes, e.g., cell adhesion, recognition, motility, energy production, trans-
port of nutrients, etc., our knowledge of the structure–function relationship for
membrane proteins is rather limited, and lags far behind that of soluble proteins
[2–4]. This is largely due to the complexity of the biological membrane as is
schematically sketched in Fig. 1 [5]: the multicomponent nature of the biomem-
brane with the lipid bilayer constituting the matrix into which a variety of proteins
is embedded as functional and structural elements still represents a major challenge
for the experimental characterization of the fundamentals of membrane structure

Fig. 1 The complexity of the architecture of a biological membrane (from [5], with permission)
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and processes. With the limited set of biophysical tools that we have available, it is
nearly impossible to probe adequately the physical–chemical properties and mech-
anisms underlying membrane protein function [6].

Similarly unsatisfying is the situation with respect to the implementation of
platforms for bio-sensors that are able to address the many important interactions
between ligands and membrane integral receptors. This is even more surprising as
50% of the interesting drug targets are transmembrane receptor proteins, and as cur-
rent sensing platforms for monitoring membrane proteins and processes are lacking
in versatility and flexibility, and are not suitable for “layman” use.

As a consequence of this unacceptable situation, the interest in model systems
suitable for the construction and study of complex lipid/protein membrane archi-
tectures increased steadily over the years [7]. The classical portfolio of model
membranes used for biophysical and interfacial studies of lipid (bi)layers and
lipid/protein composites includes Langmuir monolayers assembled at the water/air
interface, (uni- and multi-lamellar) vesicles in a bulk (liposomal) dispersion, the bi-
molecular lipid membrane (BLMs), and various types of solid supported membranes
[8]. All these have their specific advantages but also suffer from serious drawbacks.

The supported membranes [9] seem to offer the best options for very de-
tailed biophysical studies of membrane structure, order, and dynamics, allowing at
the same time for experimental strategies aimed at elucidating the much-needed
correlation of these parameters with the functional performance of incorporated
(or surface-associated) proteins or protein aggregates [10]. By virtue of the fact
that the (fluid) lipid bilayer in this platform is weakly coupled to a solid support,
the resulting largely enhanced stability allows for the use of a variety of surface
analytical tools for structural characterizations, ranging from X-ray and neutron re-
flectometry (NR), optical techniques, including ellipsometry, surface plasmon- and
waveguide spectroscopies, vibrational spectroscopies, to fluorescence based tech-
niques, scanning probe methods, and many more. Additionally, functional aspects,
e.g., the behavior of membrane integral units diffusing in the (liquid-crystalline)
two-dimensional matrix of the lipid bilayer, the binding of ligands to membrane-
integral receptors, or the translocation of ions across the hydrophobic barrier of the
bilayer could be studied in parallel and interpreted on the basis of the simultaneously
monitored structural data [11].

However, the fact that in these systems the bilayers are only weakly physisorbed
to the substrate, i.e., are only floating on top of a very thin water layer, can eventu-
ally lead to delamination and the destruction of the membrane architecture. Hence,
attempts were made to stabilize further the lipid matrix and the incorporated pro-
teins by chemically tethering either one of them to the solid support [12]. In some
cases this was done via flexible spacers that coupled the membranes by “anchor
lipids” to the substrates while simultaneously decoupled the membranes sufficiently
from the solid surface, thus preventing the incorporated proteins from being dena-
tured by their strong interaction with the polar groups of the hydrophilic support
[13]. Here, in the present contribution, we summarize some of the various con-
cepts based on polymer layers used as “cushions” that allow for the stable coupling
and, if needed, even covalent binding of the lipid bilayer membrane to the solid
support giving the whole architecture its robustness and long term stability [14].
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We introduce different strategies developed for the build-up of polymer supported
membranes and describe their properties as they can be characterized in great detail
by a variety of surface analytical techniques [15].

2 Assembling Polymer: Cushioned Membranes

Many questions pertaining to membrane processes in general and ligand/membrane
receptor interactions in particular can be addressed by a novel model membrane
system, i.e., polymer-supported or polymer-tethered lipid bilayers [12, 14]. The ba-
sic structural unit for this sensor platform is the tethered lipid bilayer membrane [16]
displayed in Fig. 2D. The essential architectural elements of this supramolecular as-
sembly include the solid support, e.g., an optical or electrical transducer (device),
the polymeric tether system which provides the partial covalent and, hence, very sta-
ble attachment of the whole membrane to the substrate surface, and the fluid lipid
bilayer, functionalized if needed by embedded proteins.

All strategies for the build-up of stable polymer-tethered BLMs are based on
the mere self-assembly of specifically custom-tailored molecules. Two fundamen-
tally different strategies can be taken as depicted in Fig. 2 and are described in
detail below. The first is based on a sequential adsorption/binding of the poly-
mer cushion from solution to a solid support that was prefunctionalized by a
reactive layer exposing chemical groups that can covalently couple to the corre-
sponding binding partners of the polymer [17]. Onto this surface-attached poly-
mer cushion a lipid monolayer, typically preorganized at the water-air interface,
can then be bound by means of mixed reactive “anchor” lipids [18]. This is
schematically shown in Fig. 2A. The result is a polymer-tethered lipid monolayer
(Fig. 2B) which can be converted to the desired target architecture – the polymer-
supported bilayer (Fig. 2D) – either by the fusion of vesicles from a liposomal
dispersion, or by the transfer of the distal layer via the Langmuir/Blodgett- or the
Langmuir/Schaefer-techniques from the water/air interface, or by a simple adsorp-
tion and self-organization step of lipid molecules from solution.

Alternatively, a Langmuir monolayer of lipo(glyco-) polymers, spread and or-
ganized (by compression to the desired lateral packing density) at the water/air
interface, can be transferred to and triggered to react with a suitable functional coat-
ing deposited prior to the transfer onto a solid substrate by a self-assembly step
from solution (Fig. 2C; see also Fig. 6a) [16,19,20]. An additional advantage of this
preorganization is the possibility to add other lipids or functional components to the
lipopolymer monolayer by simply spreading mixtures that are then transferred to the
support. Again, the final polymer-tethered bilayer is completed by the deposition of
the distal layer (Fig. 2D).

An example of the broad range of surface-analytical techniques that can be
applied in order to monitor the build-up of these architectures and then further
to characterize the structural and functional properties of the resulting complex
lipid bilayer membranes is presented in Fig. 3 [21]. Shown in Fig. 3a is the com-
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Fig. 2 The construction of a polymer-cushioned lipid bilayer membrane. (A) Architecture con-
structed in a sequential way: first, onto the functionalized substrate a polymer layer (cushion) is
deposited by adsorption from solution and covalent binding, followed by the (partial) covalent at-
tachment of a lipid monolayer containing some “anchor lipids” as reactive elements (B) able to
couple the whole monolayer to the polymer cushion. (C) Alternatively, a lipopolymer monolayer,
organized, e.g., at the water-air interface can be co-spread with regular low-mass amphiphiles and
then transferred as a mixed monolayer onto a solid support, prefunctionalized with reactive groups,
able to bind covalently to the polymer chains of the lipopolymer molecules, (B). (D) By a fusion
step (or a Langmuir Schaefer transfer) the distal lipid monolayer completes the polymer-tethered
membrane architecture

bination set-up of a surface-plasmon spectrometer in the classical Kretschmann
configuration, using a prism as the plasmon coupling element. The interfacial
architectures of interest can then be optically characterized in situ and in real time
at the interface between a 50 nm thin Au layer needed for the resonant excitation of
the surface plasmon modes in contact with the sample electrolyte solution (Fig. 3a).
Two modes of operation are typically applied, i.e., the angular scan (Fig. 3b) and/or
the kinetic scan (Fig. 3c). In the angular scan mode, a series of reflectivity scans
are taken after each preparation step and analyzed in terms of an additional optical
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Fig. 3 (a) Experimental set-up based on a surface plasmon spectrometer combined with an
electrochemical/impedance spectroscopic module for the simultaneous characterization of struc-
tural and functional features of tethered BLMs. The enlargement shows the solid/solution interface
with the thin Au layer used for surface plasmon excitation, the tethering layer and the lipid bilayer
in contact to the aqueous buffer phase; (b) typical angular surface plasmon resonance scans before
and after the formation of the distal lipid layer (on top of the self-assembled proximal tethered
lipid monolayer) by vesicle fusion; (c) kinetic mode of the fusion process recorded by monitoring
the change of the reflected intensity at a fixed angle of incidence (cf. b) as a function of time;
(d) schematics of an impedance spectroscopic experiment, i.e., recording the (amplitude and phase
of the) current response upon the application of a small-amplitude AC voltage

thickness. Knowing the refractive index of this layer then allows the determina-
tion of its corresponding geometrical thickness. If monitored at a fixed angle of
incidence, the time-dependent change of the reflectivity can be analyzed to yield
kinetic information of the assembly steps, of the association or dissociation of any
molecules binding to the membrane or integral receptors, etc.

The Au layer – which is a prerequisite for surface-plasmon optics – can be used
simultaneously as the working electrode in a regular three-electrode electrochem-
ical set-up (also shown in Fig. 3a) with the reference and the counter electrode
being immersed in the flow-cell attached to the Au coated substrate. In this way,
various electrochemical techniques, e.g., cyclic voltammetry or impedance spec-
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troscopies, can be applied to the membrane samples, yielding in addition to the
structural properties obtained from the surface-plasmon optical studies also func-
tional parameters of the interfacial architectures. This then allows for very detailed
studies of the structure–function relationship of these model membranes and of any
reconstituted proteins.

2.1 Sequential Build-Up of Polymer-Membrane Architectures

A specific example of the concept of the sequential preparation of a polymer-
tethered lipid bilayer membrane is given in Fig. 4 [17]. A mono-chloro-silane
derivative with a reactive ester endgroup in the ω – position self-assembles via ad-
sorption from solution to a substrate that is prepared by first evaporating a 50 nm thin
Au-layer needed for the surface-plasmon optical characterization of the resulting ar-
chitectures, followed by sputter-coating a thin SiO2 layer required for the covalent
coupling of the silane groups of the reactive coupling layer (Fig. 4a). The corre-
sponding surface-plasmon angular reflectivity spectra, taken prior to and after the
deposition of the silane monolayer are shown in Fig. 5A, B, respectively.

Next, onto this reactive substrate a polymer monolayer of poly(ethyloxazoline)-
co-poly(ethyleneimine) adsorbs from solution and partially reacts via the amine
groups to the reactive ester moieties to form a covalently attached cushion (Fig. 4b).
The corresponding angular SPR scan of the covalently bound polymer taken after its
deposition from solution and after an extended overnight soxhlet extraction of the
sample (to remove all unreacted and, hence, merely physisorbed polymer) is shown
in Fig. 5C. Finally, a (partially) reactive monolayer of lipid molecules or other am-
phiphiles, in our case a simple monolayer of a reactive ester derivative of a long
chain fatty acid, is organized as a monolayer and transferred to and reacted with the
surface-attached cushion, thus generating the desired polymer-tethered lipid mono-
layer (Fig. 2B; the corresponding SPR scan is shown in Fig. 5D).

2.2 Lipo-Polymer Layers as Support for Tethered Membranes

The schematics of the alternate strategy, i.e., the preorganization of a lipopolymer
layer at the water-air interface and the subsequent transfer of this complex mono-
layer to a solid support, prefunctionalized by a reactive monolayer, are shown in
Fig. 6a [19, 22]. Compared to the illustration in Fig. 2B, here the coil character of
the polymer of each individual lipopolymer is emphasized. The covalent coupling
concept using benzophenone groups is displayed in Fig. 6b. The versatility of the
proton abstraction reaction upon UV light excitation of the benzopheneone group
allows for a broad range of lipopolymers to be coupled to the substrate. Two ex-
amples, both based on poly(ethyloxazoline) as the polymer chain, although with
different molecular structures as the amphiphile, are given in Fig. 7c, d, respec-
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Fig. 4 (a) The reactive-ester analogue of a carboxy-terminated monochloro-silane derivative self-
assembles onto a glass substrate to result in a reactive monolayer. (b) Onto this, an ethyleneimine-
containing polymer coil, obtained by the partial conversion of a polyoxazoline precursor polymer
binds covalently after adsorption from solution to give a stable polymer cushion for the binding
of a monolayer of a reactive amphiphile, a reactive ester derivative of a fatty acid in the example
given in (c)
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Fig. 5 Surface-plasmon resonance curves, i.e., reflectivity-vs-incident angle scans of the bare sub-
strate, a Ag coated glass slide with a thin SiO2 layer evaporated on top (A), after the self-assembly
of a reactive monochlorosilane derivative (cf. Fig. 4a) (B), after the adsorption (from solution),
covalent binding, and soxhlet extraction of the polymer cushion (C), and after the deposition of a
model lipid monolayer (a layer of reactive ester derivatives of a fatty acid) (D)
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Fig. 6 (a) Schematics of a polymer-tethered lipid bilayer on a solid support; the architecture is
composed of a proximal mixed monolayer of lipopolymers and regular low-mass lipids, covered
by a monolayer of “normal” lipids obtained by vesicle fusion. The lipopolymers are covalently at-
tached to the benzophenone-derivative coated substrate by a proton-abstraction reaction as depicted
in (b)



Polymer-Tethered Bimolecular Lipid Membranes 97

DMPC

NBD-DMPE

DODA-E85

O P O

O

O

N
O

O

O

O

O P O

O

O
N

NO2

N
O

N

O

O

O

O

N
N

CH3

O

n

C18 E56

N
OH

CH3

O

n

-
+

-

(n=85)

(n=56)

a

b

c

d

Fig. 7 A series of different lipids used for the build-up of polymer-tethered interfacial ar-
chitectures: (a) DMPC stands for dimyristoylphosphatidylcholine, a classical synthetic lipid;
(b) NBD-DMPE is a fluorescently labeled dimyristoylphosphatidyethanolamine derivative; and
DODA-E85 (c) and C18E56 (d) are ethyloxazoline-lipopolymers of different structure

tively. It was shown that, this way, very stable polymer-tethered lipid monolayers
(and from there lipid bilayers) could be assembled. The fact that the proximal
lipopolymer layer is preorganized at the water-air interface allows for an excellent
control of its composition and its packing density, thus controlling the grafting den-
sity as an important parameter determining the properties on the bilayer membrane
but also that of incorporated proteins.
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2.3 Lipo-Glycopolymers as Building Blocks for Tethered
Membrane Architectures

As has been pointed out above, the study of dynamic membrane processes such as
membrane protein function requires a fluid and electrochemically insulating lipid
bilayer combined with a sufficiently extended cytoskeleton analog compartment,
the polymer cushion, as reservoir and space for cytoplasmatic protein subunits.
The biopolymer analogs presented in this section allow for the construction of
a membrane mimic exhibiting such advanced properties. Recent efforts utilizing
polymer tethers to overcome the limitation of small molecule tethered bilayers were
disappointing due to the collapse of the polymer film in brush like states or its
adoption of coiled conformations [23]. Clearly, the lateral interaction of the tether
plays an important role in stabilizing the spacer in an elongated conformation.
The inspiration for a new tethered membrane system utilizing lipo-glycopolymers
(LGP) was derived from observations of the biological glycocalix surrounding
the cell with carbohydrates creating a high osmotic pressure keeping cells apart,
but also allowing for hydrogen bond mediated interchain stabilization. The lipo-
glycopolymer presented here consisted of dioctadecylamine (DODA) as the lipid
part and a polyacrylate backbone with β -O-3 linked glucose units. It was synthe-
sized by controlled radical polymerization of protected D-glucose-2-propenoate
with a DODA-modified nitriloxide initiator [20]. Despite a narrow molecular mass
distribution of the glycopolymer (DI∼1.17), deviations in length of the polymer
tether and nanoscopic surface roughness of the substrate surface posed severe
challenges for the covalent surface immobilization of a coherent lipid membrane
architecture. In order to allow for a covalent immobilization of the surface prox-
imal tether while maintaining an integral hydrophobic lipid layer, the LGP was
oriented at the air-water interface of a Langmuir trough, allowing its oriented
transfer by the Langmuir–Blodgett technique to a sensor surface in an elongated
conformation. Since a polar protic solvent is used to solubilize and transfer the
LGP the reactive surface layer used to immobilize the LGP must not be composed
of electrophilic groups often used to immobilize carbohydrates. For the covalent
attachment of the LGP we introduced a covalent immobilization scheme utilizing
an azide based photochemical surface attachment scheme in order to assemble the
complex supramolecular architectures with a defined orientation from the aqueous
solution to the surface. The attraction of the scheme is given by its versatility for
additional applications, e.g., for designing new protein nano-arrays in bionanotech-
nological applications. The photoreactive SAM was synthesized on the surface
via a two step process. First a mixed SAM composed of 1-mercaptohexane and
amino terminated C12-spacered disulfide is prepared and subsequently modified
with 5-azido-2-nitro-benzoic acid chloride (ANB) introducing the photoreactive
moiety. (C12-spacers have shown better binding reliability than C6-spacers, most
likely due to quenching of the azide via radiative decay channels and energy dissi-
pation through the closer vicinity of the C6-spacered azide to the metal surface.) It
is interesting to note that LGP still reaches decoupling distances close to the the-
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Table 1 EIS data (membrane capacitance and resistance) and SPR data (thickness measurements)
obtained from LGP based bilayers

RII
(
MΩcm2

)
CII

(
μFcm−2

)
d
(
nm−1

)

Mixed SAM 1.4±0.5 2.0±0.1 2.5±0.2
Lipo-glycopolymer, monolayer 6.5±0.5 2.1±0.2 11.5±1.5
Lipid bilayer 10.4±1.0 1.6±0.2 14.5±2
Lipid bilayer + valinomycin 0.01±0.002

Fig. 8 Lipo-glycopolymer membranes, prepared in three steps: a preoriented lipo-glycopolymer
monolayer is transferred onto a photo-reactive SAM and covalently linked to the surface prior to
the bilayer formation via vesicle fusion

oretical maximum (Table 1) underlining the stabilizing effect of the carbohydrate
interactions (Fig. 8). Vesicle fusion onto these LGP monolayers utilizing diphy-
tanylphosphatidyl choline completed the lipid bilayer. Highly insulating tethered
membranes with large decoupling distances of more than 10 nm from the sur-
face (Table 1) were created and investigated by using surface plasmon resonance
spectroscopy (SPS) and electrochemical impedance spectroscopy (EIS) (results
are shown in Table 1). The impedance measured for the LGP-tethered membranes
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varied from 1 to 3MΩcm2 even though single experiments achieved values of larger
than 10MΩcm2. These data are comparable with those of known BLMs.

In order to test the functionality and reservoir properties of the new tethered lipid
bilayers, the ion carrier valinomycin was used to study the selective transport of
potassium ions. The data, shown in Table 1, confirmed the formation of a fluid and
insulating tBLM. The addition of 0.1 M potassium ions resulted in a drop in resis-
tance of up to three orders in magnitude corresponding well to literature values [13].

3 Important Basic Properties of Tethered Membranes:
The Swelling of the Cushion and the Lateral Mobility
of the Lipids

Among the various membrane properties that might need to be optimized for a
particular “application” of the tethered membrane architecture and/or of any in-
corporated proteins we discuss only two key performance parameters, i.e., (1) the
ability of the tethering system to swell by the up-take of a sufficient amount of water
into the interstitial space between the lipid bilayer and the solid support, and (2) the
high lateral mobility of the individual lipid molecules in the two opposing leaflets
of the bilayer membrane.

The proper function of a membrane is intimately linked to the liquid-crystalline
character of its lipid bilayer matrix. Among other factors, this depends crucially on
the existence of sufficient water reservoirs on both sides of the bilayer membrane.
(The lipid bilayer is a thermotropic and lyotropic smectic liquid-crystal.) While this
is naturally given on the distal side of the tethered membrane architecture by the
aqueous phase of the flow cell, the coupling of the membrane to the substrate on
the proximal layer imposes serious restrictions on the amount and free accessibility,
e.g., for ions of the aqueous phase between the bilayer and the solid substrate. In this
context, the tethering system not only couples and thus stabilizes mechanically the
whole architecture to the support; foremost it has to decouple the lipid bilayer from
the strong interactions of the headgroups with the polar support. This way:

• The liquid-crystalline character of the lipid bilayer can be maintained
• Sufficient space for any cytoplasmatic protein subunits protruding out of the

membrane can be accommodated
• A sufficiently large reservoir for the electrolyte phase can be engineered

All these requirements can be fulfilled by polymers of the proper design and
chemical nature as presented above.

3.1 Swelling and Drying of the Polymer Tethers

The degree of swelling of the tethering system, i.e., the amount of water that can be
accommodated by the polymer cushion, can be followed by surface-plasmon optics.
Figure 9 gives an example of the swelling of a polymer-tethered lipid monolayer in
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Fig. 9 The polymer-tethered lipid monolayer (a) can swell by the up-take of significant amounts
of water; (b) surface-plasmon optical evidence of the swelling behavior of a polymer-cushioned
monolayer by the exposure to air of different humidity (% relative humidity as indicated). Upon
exposure to dry air the tethered monolayer collapses to its water-free thickness (however, can swell
again if exposed to humid air (not shown))

air at different relative humidity. The concept of the measurement is schematically
given in Fig. 9a. Any incorporation of water molecules into the tether leads to an
increase of the (optical) thickness of the whole interfacial architecture resulting in a
shift of the surface-plasmon resonance angle that can be easily probed (Fig. 3b, c).
(Since the chemical potential of water at 100% relative humidity is identical to that
of liquid water, the thickness increase, i.e., water uptake at 100% humidity, is equiv-
alent to the swelling of the membrane in bulk water; however, it can be detected
with much better contrast if measured in air.) A kinetic drying/swelling protocol as
recorded by surface-plasmon optics is given in Fig. 9b. The polymer-tethered mono-
layer was prepared at ambient conditions and then exposed to air of 7% relative
humidity (as indicated in Fig. 9b). This resulted in a partial drying of the tether with
the concomitant decrease of its thickness to a new equilibrium value. Upon raising
the relative humidity, the tethered membrane increasingly swells again to the cor-
responding new equilibrium. The whole process is fully reversible: the exposure of
the membrane to dry air leads to the complete loss of the water in the tether giving
the architecture a stable shelf life. Not shown is a further reswelling upon repeated
exposure to humid air.
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3.2 Lateral Mobility of Lipids in a Tethered Bilayer Membrane

Another important feature of a tethered membrane that we briefly discuss is the
lateral mobility of its lipid constituents. The example that we present refers to
a tethered mixed monolayer (the respective architecture corresponds to the one
given schematically in Fig. 6a) composed of the lipopolymer DODA-E85, presented
in Fig. 7c, and the regular lipid DMPC (Fig. 7a) [19]. The diffusion coefficient
can be quantitatively determined by a technique originally introduced for vesicular
systems, i.e., by fluorescence recovery after photo-bleaching (FRAP). A particularly
simple version of this method is based on the fluorescence microscopic observation
of the (time dependent) behavior of an area on the tethered bilayer surface that was
first depleted of its fluorescently labeled lipid molecules by a bleach pulse (Fig. 10).
While prior to the pulse the homogeneous intensity background indicates a homo-
geneous lipid bilayer (Fig. 10a, t = 0s), the bleach pulse generates a dark hole that –
for a fluid system – already at t = 12s (Fig. 10b) starts to become fuzzy at the edges
by the diffusion of fluorescently labeled lipid molecules that migrate from the un-
bleached area into the dark spot. With increasing time lapsed, the dark spot gradually

150 μm

t = 0 sec

a

t = 60 sec

t = 12 sec

b

c

t = 150 sec

d

Fig. 10 Time-lapse fluorescence microscopy images of a tethered lipopolymer membrane prior
to the exposure to a laser pulse ((a), t = 0s), that burns a nonfluorescent (black) hole into the
membrane. The following images were taken after 12 s (b), 60 s (c), and 150 s (d), respectively.
Note the gradual refilling of the bleached area by lateral diffusion of unbleached labeled lipid
molecules from the unexposed membrane areas
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tethered membranes composed of DMPC and an increasing amount of the lipopolymer DODA-E85,
as indicated. The intensities were obtained by integrating the fluorescence across the hole area
(cf. some of the corresponding fluorescence micrographs given in Fig. 10)

becomes refilled (Fig. 10c, d, respectively) and disappears eventually at a later time
provided the recovery is 100% (i.e., for an infinite and freely accessible reservoir of
unbleached molecules).

By recording fluorescence micrographs like those presented in Fig. 10, integrat-
ing the emitted fluorescence intensity across the bleached spot area, and plotting the
resulting values as a function of time after the bleach pulse, one obtains a recovery
curve that yields the diffusion coefficient as a fitting parameter. This is shown in
Fig. 11 for three different lipopolymer-tethered bilayer membranes varying in com-
position as indicated. All diffusion coefficients obtained are values typical for fluid
membranes as they are also found in vesicle membranes that are known to be in a
liquid-crystalline state. The other interesting finding is the fact that an increasing
fraction of lipopolymer molecules acting as membrane anchors (Fig. 6a) obviously
slows down the lateral diffusion of the lipid molecules although they are not them-
selves part of the tethering system. They need, however, to migrate around those ob-
stacles on their random walk within the two-dimensional matrix of the lipid bilayer.

4 Polyelectrolyte Multilayers as Supports for Tethered
Membranes

Among the various strategies for the construction of polymer-tethered model
membranes, the concept of simply using electrostatic interactions between the
membrane with its partially charged lipids and a polyelectrolyte layer as cushion
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was expected to be a particularly promising concept [24]. All preparation steps
involved in this approach are based on mere self-assembly processes, leading to a
convenient all water-based protocol for the build-up of model membranes. In the
following some structural features of these assemblies are reported [25].

The polyelectrolyte multilayers employed in these studies consisted of alter-
nating layers of poly(ethyleneimine) (PEI) and poly(4-styrenesulfonicacid) sodium
salt (PSS) and were prepared via adsorption from solution as described by Decher
et al. [26] on functionalized Au- or SiOx substrates. The lipids used for the prepara-
tion of the bilayers were dimyristoyl-L-α-phosphatidylglycerol (DMPG, negatively
charged in aqueous solution) and DMPC. Uni-lamellar lipid vesicles were prepared
via the extrusion technique.

The polyelectrolyte-tethered bilayers were investigated by means of time de-
pendent surface plasmon spectroscopy, impedance spectroscopy, FRAP, as well as
NR [27]. The NR data given in Fig. 12 were first calculated based on a model that
included the substrate and a box for the polyelectrolyte multilayer (A), and an ad-
ditional box for the lipid bilayer (C). However, in order to fit the experimental NR
curve, a top layer had to be added that was approximated by a uniform coating with
average scattering length density b/V shown in the inset of Fig. 12. The thickness of
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Fig. 12 Neutron reflectometry (NR) data of the polyelectrolyte multilayer (4 PSS/4 PAH) – coated
solid support without lipid bilayer (A), and with a DMPC/DMPG (10:1) mixed membrane on top
(C). The curves are shifted relative to each other for clarity. Solid lines represent model calculations
of the data with scattering length densities, b/V, corresponding to the blank multilayer support (A),
and to the tethered bilayer plus a nonspecific top layer (C), as given in the inset. The dotted line
(B) represents a simulation of a lipid bilayer without an additional nonspecific layer on top
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the top layer was well defined by the visible modulation in the reflection data with
a short period in q and was found to be in the order of the radius of (un)fused lipo-
somes. The modulation was strongly damped, indicating a very rough interface fac-
ing towards the aqueous phase (C). A simulation without the additional nonspecific
top layer did not describe the data in an acceptable way (dotted curve B in Fig. 12).

5 Plasma-Polymer Layers as Cushions for Lipid Membrane
Architectures

Lipid bilayer membranes tethered to plasma-polymerized films as hydrophilic
supports were another concept introduced recently [28]. The plasma polymerization
of maleic anhydride (MAH-PP), e.g., has led to the synthesis of thin polymeric
coatings that appear to be suitable to act as a reservoir for an aqueous phase and a
cushion for lipid bilayers [29]. A crucial requirement for the use of such polymers as
water containing supports for lipid bilayer membranes is their adhesion to the sub-
strate. In a previous study [30] covalent binding of MAH-PP films to gold supports
was achieved by a self assembled alkylthiol adhesion layer. The previous work has
shown that maleic anhydride, when polymerized at a low duty cycle, can behave as
a polyelectrolyte. The thin polymer layers were found to have a very low electrical
resistance

(
ca.100Ωcm2

)
after immersion and subsequent hydrolysis/swelling in

aqueous buffer.
The schematics of the preparation protocol for plasma-polymer-tethered bilayers

are given in Fig. 13: mixed vesicles containing a negative and a zwitterionic lipid
were fused in a Ca2+ containing buffer solution onto decylamine derivatized MAH-
PP films. The MAH-PP layer appears to form a sub-membrane architecture, which
exhibits some of the properties required for biomimetic membrane supports by act-
ing as a polyelectrolyte cushion for the fluid bilayer membrane.

Liposome fusion and the incorporation of membrane proteins were studied us-
ing EIS and surface plasmon spectroscopy with the chemical composition of the
plasma polymer film being monitored using Fourier transform infrared spectroscopy
(FTIR). A typical FTIR spectrum of the derivatized MAH-PP given in Fig. 14 shows
peaks typical for the amide I

(
1,730cm−1

)
and the carboxyl groups

(
1,680cm−1

)

in the derivatized MAH-PP. It is remarkable to note that, after 15 h of reaction, an-
hydride groups are still observable within the polymer (at 1,780 and 1,860cm−1,
respectively (cf. the succinic anhydrate spectrum given in (c) for comparison.)),
suggesting that the amino-derivatization occurs only within the uppermost surface
layers. In comparison, the peaks representing the amide and carboxyl groups are
missing in the FTIR spectrum of the unmodified MAH-PP. A good surface cover-
age of the decylamine on the surface is also reflected in the significant increase in
hydrophobicity of the surface. The average advancing contact angle of the function-
alized MAH-PP was θA = 93±2◦, with the receding angle being θR = 82±6◦, as
compared to the untreated MAH-PP which gave an average θA of 62±2◦ (receding
angle 47±2◦).
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Fig. 13 Simplified schematic of the decylamine functionalized MAH-PP supported lipid mem-
brane. (B) plasma polymerization of the MAH monomer on a self-assembled layer of allylmercap-
tane on an gold electrode. (B) Functionalization of the MAH-groups with decylamine (aminolysis).
(C) Vesicle fusion in Ca2+ containing buffer for completion of the lipid membrane

The protein-functionalization of a decylamine modified MAH-PP supported
biomimetic membrane was tested by the incorporation of cytochrome c oxidase
(CcOX) from Paracoccus denitrificans. CcOX is part of the respiratory chain
and is responsible for the active transport of protons against the gradient of
the electrochemical potential across the lipid membrane. This reaction is driven
by the enzymatic reduction of dioxygen where electrons are derived from the
coenzyme cytochrome c. This process has been studied using mitochondria or
CcOX reconstituted in liposomes and by the incorporation into tethered lipid mem-
branes.

Adding CcOX solubilized in dodecylmaltoside (0.48 nM cell concentration) to
the bilayer on the modified plasma polymer resulted in an increase in thickness
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Fig. 15 SPR kinetics of the incorporation of cytochrome c oxidase (CcOX) into a plasma–polymer
supported membrane

of about 2 nm as shown in Fig. 15. This finding gives evidence for the successful
incorporation of the protein into the lipid bilayer, with the activity of the CcOX in
the bilayer being tested by adding reduced cytochrome which showed a reduction
of the membrane resistance.
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6 Hydrogels as Tethers and as Mimics of the Mucosa

A completely different approach for the construction of protein-functionalized
polymer-tethered membranes starts with the immobilization of the protein to be in-
vestigated as the unit that tethers the membrane to the top layer of the polymer. This
can be achieved by using a hydrogel as the support layer with mesh sizes smaller
than the size of the protein. The gel is firstly modified with a binding motif such
as a nitrilo-triacetic acid (NTA) functionality to which the proteins can be bound
by chelating via Ni2+ ions the his-tags engineered to their C- or N-terminus. This
is schematically shown in Fig. 16. Since the protein is too big to penetrate the gel,
it stays on the surface. A similar approach had been successfully applied before,
however, on a short spacer layer rather than a polymer [31]. The detergent micelle
solubilizing the protein is then replaced by a surface-dialysis step resulting in the
formation of a largely defect-free electrically isolating protein-lipid layer tethered
to the hydrogel. The sealing properties of these bilayer lipid membranes were suf-
ficient to allow for a detailed investigation of electron and ion transport processes
mediated, e.g., by CcOX [32]. An interesting additional aspect of hydrogels as sup-
ports is the possibility to manipulate their properties by external stimuli, e.g., by pH
or temperature changes, thus providing a responsive support system [33].

Hydrogels are not only interesting new architectures for the tethering of lipid bi-
layer membranes to a solid support - they offer another exciting feature, i.e., acting
as a stabilizing coating covering and thus protecting the whole interfacial structure
(Fig. 16). However, the real potential of such a hydrogel-sandwiched membrane is
the possibility to operate the lipid bilayer in air! Of course, typical analytes that will
be monitored with the tethered membrane platform in a sensor configuration will be
applied via an aqueous solution. However, from a general point of interest and, in
particular, in view of the growing interest in developing a bio-electronic nose sen-
sor, we proposed to start research into the detection of gaseous, air-borne analytes.

Substrate

Hydrogel as 
cushion

Functional tBLM

Hydrogel as 
protective layer

Hydrogel-tethered
protein

Fig. 16 Hydrogel used as cushion and as a protective coating for membranes when operating in
(humid) air
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The need for such sensors is unquestioned whether one is concerned with envi-
ronmental pollution control, general air management, e.g., in airplanes or other
closed rooms, or with the detection of bio-hazards, the food industry, the cosmetic
industry – the list of potential customers is endless.

However, because lipid membranes with any (odorant) receptors incorporated [34]
are only stable and work properly in an aqueous environment, we proposed strategies
for the stabilization and protection of functional biomimetic membranes in air (of
a certain minimal humidity). One of the envisaged strategies mimics the natural
protection system of our nasal membranes, i.e., the mucosa [35]. We proposed the
use of hydrogel structures composed of various chemical species (polar/charged
synthetic polymers, polysaccharides, polypeptides, etc.) that are coupled to the
tethered membrane (Fig. 16). This strategy will allow for the storage of sufficient
amounts of water in order to keep the membrane/protein structure in a fully hydrated
form, however, is stable even against dry air. This attempt, i.e., forming an artificial
mucosa, is very promising based on the recent research of amphiphilic block-
copolymers as membrane mimics [36].

7 Conclusions

The polymer-tethered lipid bilayer membrane on a solid support is a promising
model system that mimics in many aspects a fluid biomembrane for biophysical
studies of general lipid bilayer properties as well as of functional features of inte-
grated proteins. At the same time, it offers the mechanical stability and chemical
robustness that is needed for practical applications, e.g., for screening drugs that
target membrane-integral receptors or for the construction of a membrane chip.
Compared to other strategies for coupling lipid bilayers to a solid substrate, e.g., the
mere supporting (floating) of the bilayer on top of an ultra thin water layer or the
tethering of the architecture via a few anchor lipids with a short spacer unit to
the substrate, the use of a thick polymer cushion offers the advantage of a clear
separation of the liquid-crystalline lipid bilayer and its incorporated proteins form
the potentially destructive interference with the substrate surface. This allows for
maintaining the fluid character of the lipids in the bilayer leaflet, for the native re-
constitution of even proteins with major cytoplasmatic subunits protruding out of
the membrane and it provides a sufficiently large reservoir for water, ions, and other
molecules interacting with the membrane and its constituents.

It has been shown that the chemical nature of the polymer cushion can be very
flexible with examples ranging from polyelectrolytes to carbohydrate-containing
macromolecules and cross-linked hydrogels. So far, the cushion has played only a
rather passive role in that it was almost exclusively used as a structural element in the
build-up of the tethered membrane architectures. The real potential, however, lies in
the fact that these polymer systems could play a crucial functional role for these
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artificial membranes: the responsive character of a suitably derivatized hydrogel is
a first example [33]. Other features that could be tailored into the polymer support
include:

• Active components needed for various signal transduction pathways
• Elements that mimic properties of the cytoskeleton or the glycocalix associated

with biological membranes
• Artificial functional elements allowing for the implementation of specific sensing

concepts, e.g., chromophores with ion specific emission properties.

Another most interesting aspect concerns the mechanical coupling of the polymer
cushion with the membranes and their incorporated proteins. This could lead to
interfacial architectures that show interesting features of structure formation by the
coupling of the specific entropy driven properties of polymers in general with the
self-organization capability of lipid bilayer structures. Experiments along these lines
are under way.
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Sinner A (2000) Rev Mol Biotechnol 74:137–158

22. Hausch M, Zentel R, Knoll W (1999) Macromol Chem Phys 200:174–179
23. Munro JC, Frank CW (2004) Langmuir 20:3339–3349
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Biomimetic Block Copolymer Membranes

Violeta Malinova, Serena Belegrinou, Dirk de Bruyn Ouboter,
and Wolfgang Peter Meier

Abstract Amphiphilic block copolymer membranes, classified as vesicles, are
nano-aggregates receiving a lot of scientific interest due to their wide range of
potential applications extending from biomedicine (e.g., drug delivery, imaging,
nanoreactors) to material science (biosensors, electronics). This chapter summa-
rizes the principles of vesicle formation, various membrane-forming copolymer
systems and their properties as well as common techniques for vesicle preparation
and characterization. Copolymer membranes with responsiveness to external stimuli
are particularly attractive for use in drug delivery and are, therefore, also discussed.
In addition, the chapter reviews recent examples of vesicles encapsulating proteins,
enzymes and therapeutics as prospective systems for bio-applications.

Keywords Amphiphilic block copolymers, Membranes, Nanoreactors, Polymer-
somes, Self-assembly, Stimuli-responsive vesicles
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Similarly to natural amphiphiles (e.g., lipids), synthetic block copolymers com-
prised of two or more chemically incompatible blocks can microphase separate
in solution into aggregates of multiple morphologies. Upon manipulation of the
relative block lengths and environmental parameters such as solvent composition,
presence of additives and temperature, spheres, micelles, large compound micelles
(LCMs), rods, tubules, lamellae, vesicles, large compound vesicles (LCVs), etc. can
be prepared. Already for a few decades these structures have attracted scientific in-
terest because of their wide range of potential applications extending from cosmetics
and drug delivery to electronics.

Of particular interest are the amphiphilic block copolymer membranes, classified
as vesicles (hollow spheres with walls composed of polymer bilayers) which resem-
ble the natural cellular bilayer and can be used in biomedicine (as artificial cells and
nanoreactors), drug delivery and nanotechnology. Due to the similarity in vesicle
formation and bilayer morphology with liposomes, block copolymer vesicles are
called “polymersomes” [1]. Recent progress in polymer physics and chemistry fa-
cilitated the design and synthesis of amphiphilic block copolymer membranes, thus
making them an active area of research. At first we discuss here the principles of
vesicle formation, emphasizing on the factors that control their size and stability.
Next we describe different membrane forming copolymer systems and several tech-
niques most commonly used for their characterization. At last potential applications
of amphiphilic block copolymer membranes are accented.
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1 General Aspects of Block Copolymer Membrane Formation

The membrane formation process in block copolymer systems is based on the prin-
ciples which have long been known for lipids. Therefore, we review here briefly
thermodynamic, geometric and kinetic factors influencing the membrane formation.
For more details the reader is referred to the corresponding literature.

Polymers composed of covalently bonded hydrophilic and hydrophobic fractions
(blocks) segregate at the nanometer scale when exposed to a selective solvent for at
least one part of the molecule. In water, such lyotropic (“lyo-” = solvent, “-tropic”
= induced by) behavior is mainly caused by the hydrophobic effect [2]. In order
to minimize entropically unfavorable contacts with water molecules the hydropho-
bic part of the polymer chain tends to segregate and self-associate with neighbors,
whereas the hydrophilic part has high affinity to the polar (aqueous) medium. Vesi-
cles may also be formed in nonpolar media, as a result of mutual attraction of polar
groups.

The self-assembly process in block copolymer systems leading to vesicle forma-
tion has been concisely reviewed by Antonietti and Forster [3]. They consider the
vesiculation in terms of a bilayer formation, which will next bend (close) to form
a vesicle. Classically, the shape (geometry) of self-assembled structures is deter-
mined by the size of the hydrophobic block and described by a packing parameter
P = ν/alc, in which ν is the volume of the densely packed hydrophobic segment,
a is the area occupied by the hydrophilic group, and lc is the chain length of the
hydrophobic segment [4]. Hence, when P < 1/3, spherical micelles are formed, and
when 1/3 < P < 1/2, cylindrical micelles are observed, whereas 1/2 < P < 1 corre-
sponds to vesicles. If P = 1, flat lamellae (planar bilayers) are formed, and finally for
P > 1, inverted structures are expected. These trends are well established for small
surfactants and lipids and are generally valid also for amphiphilic block copoly-
mers, although it is more convenient to use the volume or weight fraction f of the
hydrophilic block (0 < f < 1) to describe their shape. In fact, decreasing the lengths
of the hydrophilic blocks at constant hydrophobic blocks lengths causes a transition
from spherical to worm-like micelles and finally to vesicular structures [5, 6]. It is
proposed that a starting point for generating polymersomes in water is a ratio of
hydrophilic block to total mass: f ≈ 35± 10% [1]. Molecules with f > 45% can
be expected to form micelles, whereas molecules with f < 25% can be expected
to form inverted structures. This rule has not been exhaustively probed for different
chain chemistry and molecular weights (MWs); however, copolymers with average
MWs ranging from ∼2,000 to 20,000 Da following the rule showed the ability to
form polymersomes.

Apart from geometrical constraints, the most important parameter for determin-
ing the vesicle shape is the spontaneous curvature of the bilayer membrane [7].
Changes of this parameter (e.g., induced by temperature) control the vesicular mor-
phology and may lead to transitions resulting in several shape classes. Vesicle
morphologies will be discussed in more detail in Sect. 3. At low concentrations
lamellar (sheet-like) aggregates are formed in solution. After they grow in size, the
energy loss due to surface tension effects will cause the aggregate closure into a
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Fig. 1 Schematic illustration of the formation of bilayers and their closure to vesicles. Antonietti
M, Foerster S (2003) Adv Mater 15:1323. Copyright Wiley. Reproduced with permission [3]

vesicular form (Fig. 1). Bending of the bilayer to a closed shell requires a bending
energy, Ebend. For a particular disk area, the disk radius will be twice as large as the
vesicle radius, and therefore, the balance of line tension and bending energy defines
the minimum aggregate number corresponding to the ‘minimal vesicle size’. Thus,
the resulting (minimal) vesicle radius will be RV = 2k/γ, where k and γ are the bend-
ing modulus and surface tension, respectively. Evidently, vesicles will preferentially
appear in a system for which the bilayer bending elasticity is low and the surface
tension is high.

Beyond the thermodynamic control, the kinetics of chain rearrangement can dra-
matically influence the phase behavior leading to kinetically trapped structures,
which do not necessarily correspond to an absolute free energy minimum of the
system. Thus, the formation of block copolymer vesicles, from a kinetic point of
view, can be a result of a transition from rod-like aggregates via flat, nonclosed
lamellar structures. The kinetics of such transitions has been explored in [8]. The
transition steps are represented as follows:

rod
k1f
�
k1b

lamella
k2f
�
k2b

vesicle

where k1f represents the rate constant of the formation of lamellae from rods and
k1b the reverse rate constant. Analogously, k2f refers to the rate constant of vesicle
formation from lamellae and k2b to the reverse rate constant. Equations presenting
the relation between the rate constant and the concentration of the three morpholo-
gies could be applied to calculate the concentrations of the individual species in
solution [9]. Experimental investigations on the mechanism of the morphological
changes including vesicle formation have been performed for PS310-b-PAA52 [10].
It has been found that the rod to vesicle transition occurs slower (the time con-
stant is two orders of magnitude longer) than the reverse, even though it takes place
at higher water content. Shen and Eisenberg developed a phase diagram for the
PS310-b-PAA52 copolymer in a dioxane/water mixture that showed the region of
stability of vesicles [11]. They have shown that a gradual increase in the water
content of the solvent mixture transfers the aggregates from a region of spherical
micelles to a region where spheres coexist in equilibrium with rods, to a region
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where only rods exist, followed by a region of rod and vesicle coexistence, and then
finally to a region where all of the aggregates are converted to vesicles. The authors
also proved that the morphological transitions are reversible by decreasing and sub-
sequently increasing the dioxane content. A high ratio of water to dioxane in the
solvent mixture can kinetically trap the morphology of the aggregates by affecting
the mobility of the copolymer chains. In general, copolymers with crystalline and
glassy blocks have to overcome a higher energy barrier to achieve self-assembly.
The use of mixed solvents (i.e., one component serving as a fluidizer) lowers the
Tg of the hydrophobic blocks and provides polymer chains with the necessary mo-
bility to assemble. For example, stability of vesicles was experimentally verified for
poly(styrene)-b-poly(acrylicacid) (PS-b-PAA) in dioxane–tetrahydrofurane (THF)–
water or dimethylformamide (DMF)–THF–water mixtures [12,13]. In such systems
containing polymers as PS with high glass transition temperatures, vesicles are only
obtainable after addition of an organic solvent, which fluidizes the membrane. While
when water is added to the system, the aggregates become ‘frozen’, which, in fact,
facilitates their further imaging and characterization.

2 Computer Modeling and Simulations

Despite the large number of experimental papers concerning block copolymer vesi-
cles, some questions related to the equilibrium nature of such morphologies still
remain unclear. It is crucial to understand to what extent vesicles would be sta-
ble under given conditions as well as to be able to design polymer aggregates of
particular properties simply by using a computer modeling. Unlike the extensive
theoretical studies dedicated to lipid vesicles, computational analyses of polymer-
based vesicular assemblies are far more complex and demand a lot of additional
input. Several computer simulations have been available to study the formation
of polymer vesicles based mainly on particle models. Anderson and Wilson [14]
used atomistic molecular dynamics (AMD) to describe the organization of am-
phiphilic polynorbornene-g-poly(ethylene oxide) graft copolymer at the air/water
interface. With the help of this method, they constructed density profiles that could
be directly compared to experimental neutron reflectivity data over a wide range of
polymer surface concentrations. The simulation gave a reflectivity profile in excel-
lent agreement with experiments at low surface concentrations. In general, computer
simulations at atomistic level are necessary to gain insight into detailed interactions
such as hydrogen bonding, polymer–solvent interactions, and specific conforma-
tional effects (e.g., cis/trans isomerization). A few coarse-grain (CG) models have
been developed to simulate block copolymer systems on length scales that are
far larger than scales accessed using atomistic models [15–18]. CG models rep-
resent a group of atoms by a single sphere. In view of this simplification, the full
chemical details of the molecules cannot be retained. However, effective interac-
tions among the spheres have been chosen to mimic some key features of the real
polymer chain. Recently, the CG MD model was further elaborated and applied
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to compute the morphologies and physical properties of PEO–PEE assemblies in
water [19–22]. The model replicated the experimentally observed phase behav-
ior of hydrated PEO–PEE diblock copolymers. With hydrophilic-to-hydrophobic
block length ratios ( fEO) ranging from about 0.3 to 0.7, the diblock copolymers
self-assembled in water into either a bilayer ( fEO ∼ 0.3–0.4), a cylindrical micelle
( fEO ∼ 0.5), or a spherical micelle ( fEO ∼ 0.5) [20]. Simulations done on the tri-
block copolymer PEO–PEE–PEO in water have shown assembly into “tube”-like
structures [22]. Formation of such structures has indeed been experimentally ob-
served for PMOXA–PDMS–PMOXA [23]. Srinivas et al. [20] used the CG model
to study the effects of block length on different physical properties of the bilayer
such as the area elastic modulus, the hydrophobic core thickness and the lateral
chain mobility. Scaling of the hydrophobic core thickness agreed with experimental
results reported on bilayers in the same block length regime as was accessible to
simulation [24].

Dissipative particle dynamics (DPD) is similar to the MD models, but here
dissipative and random forces acting between particles are considered in addition
to the usual conservative interactions [25]. By using DPD simulations, starting
from both a randomly dispersed system and a bilayer structure of the amphiphile,
Yamamoto et al. [17, 26] observed a spontaneous vesicle formation. The groups of
Ortiz and Lipowsky [27] combined DPD with a new CG model for investigations on
PEO–PEE. DPD allowed the system size to increase sufficiently to simulate entire
vesicles while still maintaining the diblock molecular weight within the experimen-
tal range. In order to obtain a physically realistic description of the system, the
PEO–PEE model required an introduction of a density-based atomistic-to-CG map-
ping. With these changes, the resulting DPD model for PEO–PEE gave values for
the membrane area elastic modulus and the power-law scaling of the hydrophobic
core thickness that were again in excellent agreement with the experimental values.
Additionally, mechanisms of vesicle content release via vesicle rupture induced by
osmotic swelling were explored with this model.

In general, the vesicle formation observed in these simulations is based on the
following process. The amphiphilic block copolymers aggregate rapidly from the
homogeneous initial state into small spherical micelles; then the spherical micelles
grow to larger micelles by collision (cylindrical micelles, open disk-like micelles);
the large disk-like micelles finally close up and form vesicles; the micelle growth
process and the closure process are slower than the first spherical micelle forma-
tion process. This mechanism is also supported by Monte Carlo simulations [28]
and experiments with lipid systems [29, 30]. Recently, He and Schmid [31] studied
the dynamics of vesicle formation in an initially homogeneous dilute solution of
amphiphilic diblock copolymers, using the external potential dynamics (EPD) [32]
method. They suggested a new pathway of spontaneous vesicle formation which
differs from the conventional one (mentioned above). In summary, the mechanism
includes the following steps: copolymers from the solution slowly aggregate to mi-
celles; the latter grow and become semivesicles (bigger spherical micelles with a
solvent-retaining core), finally, solvent particles diffuse into the semivesicles, and
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they become full vesicles. The authors also discussed different contributing mecha-
nisms and proposed a simple method to control vesicle formation.

Simulations for amphiphilic diblock copolymer solutions have also been lately
performed with density functional theory model (DFT) [33–35]. By solving the time
evolution equations for concentrations T. Uneyama [33] showed that a polymer vesi-
cle is spontaneously formed from the homogeneous state. Moreover, the vesicle
formation mechanism obtained by this simulation agreed with the results of other
simulations based on the particle models as well as experiments. The author demon-
strated that changing parameters such as the volume fraction or the Flory-Huggins
interaction parameter could result in formation of spherical micelles, cylindrical mi-
celles, or bilayer structures. It is believed that with the constant progress in computer
technologies, computer modeling will become a standard tool for designing polymer
aggregates of particular properties.

3 Vesicle Morphology

Besides the thermodynamic and kinetic regulations (mentioned above) determin-
ing the final structure of the block copolymer assemblies, it has been suggested
that the aggregation of block copolymers depends on the chain stretching in the
core [36,37], the interfacial energy, and repulsion among corona chains [10,37,38].
Additionally, the size and shape of the morphologies can be controlled experimen-
tally through variations in the copolymer composition (i.e., block lengths) [39]), the
initial copolymer concentration, the nature and composition of the solvent mixture
(including water content) [40], the temperature, the presence of additives (e.g., ions
[41], homopolymers [42], surfactants [43,44]), and the polydispersity. The influence
of these factors in PS-b-PAA and PS-b-PEO systems has been described mainly by
Eisenberg’s group [45], but input came also from other groups [24,42,46,47]. There-
fore, we will only briefly comment on these factors and direct the reader to recent
publications in the field.

The effect of polydispersity of block copolymers on the aggregation behavior
is less elaborated. Polydispersity index (PDI) is defined as the ratio of weight av-
erage molecular weight (Mw) to the number average molecular weight, (Mn) and
is a measure of the width of the molecular weight distribution. Investigations con-
ducted with PS-b-PAA system showed a decrease of the vesicle size with increase
of the polydispersity index of the PAA block [48]. Most likely, segregation of the
smaller hydrophilic chains to the inside of the vesicle bilayer takes place, whereas
the longer chains would form the outer surface. It is suggested that, under the
same conditions, individual monodisperse copolymers yield different vesicular mor-
phologies than their polydisperse mixtures. However, detailed studies are needed
to investigate the effect of polydispersity on the aggregation behavior, especially
in order to take advantage of the new and complex polymer architectures. Yang
and coworkers investigated theoretically the aggregation behavior of polydisperse
diblock copolymers in dilute solution using a 2D real-space self-consistent field
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Fig. 2 Aggeragate morphologies in dilute solution of amphiphilic diblock copolymer blends as
prepared in the table with an increase of PI of hydrophilic block A. Reprinted with permission
from [49]. Copyright (2006) American Chemical Society

theory (SCFT) [49]. For simplicity, the polydispersity was artificially acquired by
mixing binary amphiphilic diblock copolymers where the hydrophilic or hydropho-
bic blocks were composed of two different lengths while the other block length was
kept constant. In both cases (i.e., polydisperse hydrophilic block or polydisperse
hydrophobic block) the increase in PI led to a variety of morphology changes from
vesicles to mixture of vesicles and micelles and finally to micelles (Fig. 2). Based
on the obtained results the authors proposed that the long blocks would rather segre-
gate to the outside while short ones to the inside surface of the vesicle. Such length
segregation existing in polydisperse block copolymers would lead to decrease of the
size of aggregates, in agreement with experimental and theoretical results.

So far, detailed studies about the influence of the size of polymer blocks on the
aggregation processes have been performed for PS-b-PAA [39], PB-b-PEO [47],
PEO-b-PCL [50], and PEO-b-poly(γ-methyl-ε-caprolactone) systems [51].

The block copolymer molecular mass (related strongly to the block lengths) de-
termines the thickness of the vesicular membranes was experimentally proved for a
series of PEO-b-PBD polymers [24]. Microscopy images evidenced an increase in
the wall thickness upon increasing the polymer molecular mass in the range from
3,600 to 20,000g mol−1.

The chemical composition and architecture of the polymer also play important
roles in the self-assembling process. Most of the polymers producing vesicular mor-
phology consist of linear block copolymer chains, but amphiphilic macrocyclic
systems containing cyclodextrines [52], cryptands [53], calixarenes [54], etc. as
well as dendritic polymers [55–57] are also known to form vesicles. Interestingly,
M. Maskos reported that even the end groups of a polymer chain have a certain in-
fluence on the aggregate morphology [58]. He observed important differences in the
phase diagram of PBxPEOy −COOK containing a PEO-sided carboxyl end group
and PBxPEOy−H having a PEO-sided hydroxyl end group. Generally, the resulting
morphology of the nanoparticles in water was ‘quasi-shifted’ towards a higher ratio
of PB for the PBxPEOy −COOK as compared to PBxPEOy −H and the characteris-
tic dimensions Dc (diameter of a sphere, cross-section of a cylinder or bilayer) were
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slightly larger for the carboxyl-terminated diblock copolymers. Both observations
indicated a slightly increased stretching of the PEO corona chains as compared to
the hydroxyl-terminated block copolymers, which could be explained by a repulsion
of the carboxyl end groups and the PEO at the experimental pH = 7. In addition,
no pronounced effect of the PEO-sided end group was found in methanol in this
part of the phase diagram, most likely due to more favored interaction of PEO and
methanol as compared to water.

In a number of publications it has been shown that the solution conditions
(i.e., polymer concentration, water content in the solvent mixture, nature of the
common solvent, pH) have a critical impact on the vesicular morphology, as well
as vesicle size. Eisenberg and coworkers observed that in PS410-b-PAA25 system
vesicles are preferentially formed at higher polymer concentrations as compared
to concentrations at which micelles and rods are present [59]. The phase diagrams
for polymer solutions of various PS-b-PAA polymers revealed the same tendency
[11, 39]. The most common experimental method for vesicle preparation is first
dissolution of the polymer in a good solvent, common for all constituting blocks, fol-
lowed by addition of water, which acts as a precipitating solvent for the hydrophobic
blocks (see Sect. 6). The formation of the first colloidal particles (micelles) occurs
at a critical water concentration (CWC), the value of which is an individual property
of the studied system. With increases in the water content, changes in the morphol-
ogy of the aggregates can be observed, typically from micelles to rods and further
to vesicles. On the other hand, the polarity of the common solvent in the polymer
solution influences the repulsion between the hydrophilic blocks thus controlling
the coiling of all blocks comprising the polymer chain. Consequently, depending on
the solvent nature aggregates of various shapes and sizes may be observed. In the
case of ionic hydrophilic blocks a morphology control owing to the solvent dielec-
tric constant can be expected. In general, the existence of various morphologies in
different solvents could be explained by applying the χ parameter which is in turn
related to solubility parameter (δ) and the dielectric constant (ε), and describes the
strength of the polymer–solvent interaction [37]. The solvent influence on the ag-
gregation process was also investigated for PS-b-P4VPMeI (poly(4-vinylpyridinum
methyl iodide)) and PS-b-PEO amphiphilic block copolymer systems [60, 61]. Fur-
thermore, these studies demonstrated that a precise alteration of the shapes and sizes
of colloidal aggregates is possible by controlling the interactions in the hydrophilic
part of the vesicle membrane.

Different types of forces like electrostatic interactions [62, 63], hydrogen bond-
ing [64–67], or donor–acceptor interactions (e.g., metal–ligand coordination bond)
[68, 69] have been found to facilitate vesicle formation. For instance, the phase
behavior of a system consisting of two oppositely charged block ionomers is
strongly affected by the additional energy contributions from electrostatic interac-
tions. Thus, just by mixing different diblock polymers, complex superstructures with
adjustable properties for special applications can be produced [70]. Recently, Gao
and coworkers [71] demonstrated a controlled vesicle formation in a poly(ethylene
oxide)-block-polybutadiene (PEO-b-PB)/poly(acrylic acid) (PAA) solution based
on the interpolymer hydrogen-bonding complexation between PAA and PEO. The
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authors proved that the change in the vesicular morphology from unilamellar vesi-
cles (ULVs) to multivesicular vesicles (MVVs) is dependent on the PAA content.

It has been shown that the addition of small (micro and millimolar) amounts of
acids, bases or inorganic salts to the polymer solutions could also induce drastic
changes in the aggregate morphology [72, 73]. This is especially valid for systems
where the hydrophilic block is ionic (e.g., PS-b-PAA) [41]. Obviously, due to the
simplicity in experimental preparations and low costs such additives are advan-
tageous over other factors (i.e., block length ratio, solvent composition) inducing
various polymer morphologies.

It should be mentioned here that the actual vesicle size is usually affected by
the preparation procedures. Consequently, this allows for tailoring of vesicle size by
experimental conditions and preparation methods, as will be further discussed.

Block copolymer systems can form vesicles of a wide range of sizes; varying
from a few nanometers to a few micrometers. Those in the range of 100–1,000 nm
have been explored extensively. Various types of vesicle morphologies are repre-
sented in Fig. 3.

Shapes of vesicular aggregates range from tubular to spherical, from more ex-
otic large compound (LCV) and starfish vesicles to “simpler” extended lamellae.
Both unilamellar [75] and multilamellar (‘onions’) [47, 76] vesicles have been ob-
served. One of the possible morphologies formed in solution are tubular vesicles,
also known as tubes (rods) [77, 78]. Soft, water-filled polymer tubes of nanometer-
range diameters and several tens of millimeters in length have been prepared via
self-assembly of amphiphilic ABA triblock copolymer in aqueous media (Fig. 4).
The tubes were mechanically and chemically stable and could be loaded with water-
soluble substances [23].

Haluska et al. observed a spontaneous formation of large pores in the membrane
of PB-b-PEO polymers [79]. The high-genus morphology was persistent with time
and could be explained in terms of bending elastic energy. Recently, such unusual
perforated block copolymer vesicles with highly folded membranes have also been
detected by Chen et al. [80]. By using electron microscopy analyses (TEM and
SEM) together with transmission electron microtomography (TEMT), the authors

Fig. 3 a–f Representative micrographs of various types of vesicles. a Small uniform vesicles
(PS410-b-PAA13). b Large polydisperse vesicles (PS100-b-PEO30). c Entrapped vesicles (PS200-
b-PAA20). d Hollow concentric vesicles (PS132-b-PAA20). e Onions (PS260-b-P4VPDecI70).
f Vesicles with tubes in the wall (PS100-b-PEO30). Burke S, Shen H, Eisenberg A (2001) Macromol
Symp 175:273. Copyright Wiley. Reproduced with permission [74]
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Fig. 4 Self-assembly of ABA triblock copolymers in aqueous solution; a TEM image of a polymer
nanotube; scale bar: 266 nm [23]. Reproduced with permission of The Royal Society of Chemistry

revealed that poly-(ethylene oxide)-block-poly(3-(trimethoxysilyl)propyl methacry-
late) (PEO45-b-PTMSPMA180) forms in solution perforated vesicles with holes on
vesicle surface which are interconnected inside (Fig. 5).

4 Chemical Composition and Architecture of Vesicle-Forming
Block Copolymers

As mentioned above, the chemical composition, functionality and supramolecular
architecture are the key factors affecting the self-assembled structures. In order
to aggregate into vesicular objects block copolymers need to have at least two
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Fig. 5 SEM image of PEO45-b-PTMSPMA180 vesicles in a mixture of methanol and water.
Reprinted with permission from [80]. Copyright (2007) American Chemical Society

incompatible blocks that have a different solubility in the liquid where vesicle
formation takes place. Moreover, the volume ratio of the different blocks has to
permit arrangement of block copolymers in a membrane-like structure. Common
methods and polymerization techniques applied to synthesize desired polymer ar-
chitectures are described in detail in specialized reviews [81,82]. Within the last few
years the number of amphiphilic polymers reported to form vesicular aggregates
has increased significantly. Table 1 summarizes examples of polymers that self-
assemble into vesicles in aqueous media. Besides the conventional AB linear type
systems, more complex structures such as ABA [83], ABC [84], ABCA [85,86], and
ABABA [87] were shown to form vesicles in aqueous media. Copolymer asymme-
try can be used to direct thermodynamically driven assemblies in polymeric vesicles
as was demonstrated with ABC triblocks [84] or with ABCA tetrablocks [85, 86].
Additionally, dendridic type [88], grafted polymers [89], and macrocyclic type poly-
mers [52] have also been reported to form vesicular morphologies. Vesicles formed
from biohybrid polymers are commented in detail in a distinct chapter by Schlaad
et al. and therefore discussion is omitted here.

A variety of block copolymer systems are able to form vesicles in nonaqueous
solutions (organic solvents) [62, 90–100]. However, such systems are not regarded
as biomimetic systems and further discussion concerning them is left out.

The chemistry of the hydrophilic blocks will dictate the properties of the vesicles
in water such as adhesiveness and ability to resist protein adsorption, which is a key
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Table 1 Synthetic block copolymers containing hydrophobic and hydrophilic segments reported
to form vesicular structures in water
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Table 1 continued
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Table 1 continued
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Table 1 continued
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Table 1 continued
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property for “stealth” drug delivery systems. As mentioned previously, amorphous
and rubbery hydrophobic blocks will confer to the membranes the liquid-like char-
acter typical for lipid bilayers. Moreover, the apolar region of the membrane will
dictate the permeability to solutes and water. Lipid membranes have characteristic
permeabilities to different solutes and the presence or absence of unsaturation in the
hydrocarbon chains or of cholesterol in the bilayer can contribute to small changes in
permeability. In copolymers the presence of heteroatoms in the hydrophobic block
such as oxygen (in polyesters and polyethers, e.g., PPO, PBO), silicon (in silicones)
or sulfur (in poly(propylene sulfide)) can produce similar effects. In hydrocarbon
block copolymer vesicles permeability dramatically drops when compared with
lipid membranes due to the increased membrane thickness, but the presence of het-
eroatoms could introduce selectivity for certain molecules, such as glucose [101].

To explore vesicle applications polymersomes with improved resistance to
rupture are needed. Stabilization of the vesicle structure has been achieved by
cross-linking of the polymer shell. Some examples include the fixation of the vesi-
cles through photopolymerization of unsaturated carbon–carbon double bonds in
poly(ethylene oxide)-b-poly(butadiene) without [125,126] or in presence of a water-
soluble initiator [127]; by using methacrylic ends of a telechelic triblock copolymer
[83], or by using the thiophene rings of a coil–rod block copolymer [107]. The “click
chemistry” method has been applied to cross-link block copolymers functionalized
with alkynyl end groups forming the corona of the vesicles [128]. Other approaches
suggested the use of cross-linking agents (additives) such as interpenetrating
polymer networks (IPN) for stabilizing Pluronic L121 (PEO5 − PPO68 − PEO5)
vesicles [129], primary alkyl diamines which reacted with the epoxy groups of poly-
(ethylene oxide)-b-poly(glycidyl methacrylate) (PEO-b-PGMA) and cross-linked
the vesicle walls [117], or poly(sodium-2-acrylamido-2-methylpropanesulfonate)
(PAMPS) inducing the formation of ionically cross-linked vesicles due to interpoly-
electrolyte complexation with an oppositely charged block [121], etc.



132 V. Malinova et al.

5 Membrane Properties

Membrane properties of polymer vesicles reflect the chemical composition, the
block length ratio and the molecular weight of the block copolymers from which
they are formed.

5.1 Polymer Membrane Thickness

It was found that the membrane thickness increases with increasing copolymer
molecular weight (Mn) (Fig. 6). This dependence has been demonstrated via imag-
ing of a series of PEE–PEO and PBD–PEO vesicles by Cryo-TEM [24]. Based
on this data, an experimental scaling factor a ≈ 0.5 was determined by fitting the
membrane thickness (d) vs the hydrophobic molecular weight (Mh) : d ∼ (Mh)a.
In general, block copolymers are expected to be in the strong segregation limit
(SSL). In such a configuration, the classical strong segregation theory would pre-
dict a ≈ 0.67. This scaling factor has been determined by Battaglia and Ryan for
vesicles of butylene oxide and ethylene oxide block copolymers [115].

Besides the membrane thickness, the copolymer molecular weight affects also
the lateral mobility of polymer chains within the membrane. Using fluorescence re-
covery after photobleaching (FRAP), Lee et al. [131] discovered that entanglements
are responsible for the reduced mobility of copolymers with sufficiently high MW.

MW dictates aggregate dimension

Lipid

3-5nm

(ii)

PEG

(iii)

(iv)

(iii)

d~MW 0.55

d

Fig. 6 Schematic scaling of polymersome membrane thickness with copolymer molecular weight.
Ahmed F, Photos PJ, Discher DE (2006) Drug Dev Res 67:4. Copyright Wiley. Reproduced with
permission [130]
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In polymersomes with thicker membranes the limited mobility of high MW polymer
chains is the reason for the better resistance to dissolution. Thus, while liposomes
would normally be destroyed when exposed to SDS (sodium dodecyl sulfate) or
other strong detergents, polymer vesicles would be more resistant to detergents since
this process is obstructed by the restricted chain mobility. Combination of experi-
mental data and theoretical modeling suggests that polymer vesicle dissolution is
mediated by the diffusion of detergent molecules across the membrane [132].

5.2 Mechanical Properties of Polymer Vesicles

The membrane elastic behavior of PEO–PEE “giant” polymersomes has been stud-
ied by a micropipette aspiration method [5]. The results showed that the polymer
membrane elasticity is comparable to fluid-state lipid membranes; however the vesi-
cles could sustain a greater strain before rupture, proving an enhanced polymersome
toughness, which originates from membrane thickness.

Measurements of lateral diffusivity [131] as well as apparent membrane viscosity
[133, 134] have shown that membrane fluidity generally decreases with increasing
MW (Fig. 7), as the most drastic decrease is detected when the chains are sufficiently
long to entangle.

POLYMERSOMES AS SYNTHETIC VIRUSES
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Fig. 7 Schematic plot of typical physical properties with the molecular weight of a vesicle’s
amphiphile. Ahmed F, Photos PJ, Discher DE (2006) Drug Dev Res 67:4. Copyright Wiley.
Reproduced with permission [130]
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Bermudez et al. [135] studied the effect of the membrane thickness d (and thus
indirectly the molecular mass MW) of PEO–PEE vesicles on the membrane bending
rigidity (Kc). The scaling between Kc and d was nearly quadratic, in agreement with
the established theories for lipid bilayers, hence providing a way to alter the vesicle
properties by choosing the polymer blocks.

The resistance of polymeric membranes to electromechanical stimuli has been
investigated by Aranda-Espinoza et al. [136] who used for their studies the mi-
cropipette aspiration method in combination with electroporation. It appeared that
the electromechanical stability also increases with membrane thickness as the ro-
bustness of the vesicle membranes can be orders of magnitude larger than that of
phospholipid membranes [134]. Applying the ‘black lipid membrane’ technique,
the membrane robustness of free standing ABA triblock copolymer films has been
tested [137]. The measured rupture potential revealed a high membrane stabil-
ity, which could even be enhanced by cross-linking of the terminal methacrylate
groups within the membrane. Higher toughness and durability properties have been
found for covalently cross-linked polymersomes in contrast to noncross-linked ones,
which exhibit a fluid-like character [126].

One of the most important properties of amphiphilic membranes is their selective
permeability to hydrophobic and hydrophilic molecules. Therefore, measurements
assessing the permeability of specific molecules are of high significance to fully
characterize the amphiphilic membranes. Moreover, understanding the transport of
various species through the walls will facilitate vesicle exploitation. In general,
it has been assumed that due to their increased membrane thickness and confor-
mational freedom of the polymer chains, vesicles are far less permeable to water
compared to liposomes. This assumption was supported by studies on the water per-
meability of PEE37-b-PEO40 vesicles, which revealed the permeability coefficient
(P f ∼ 2.5±1.2μm s−1) to be at least 10 times less than that measured for phospho-
lipid vesicles (P f ∼ 25–100μm s−1) [5]. Further investigations showed that triblock
PMOXA15-b-PDMS110-b-PMOXA15 membranes have a water permeability about
two orders of magnitude lower than for phospholipids vesicles [138]. However, a
large enhancement in water permeability of up to 800 times that of pure polymer
was achieved when a water-channel membrane protein Aquaporin Z was incorpo-
rated to the synthetic membranes.

Nuclear magnetic resonance echo experiments with pulsed field gradients (PFG–
NMR) have proven to be a powerful approach to analyze the molecular exchange
through vesicle membranes [139]. Leson et al. applied this technique to study
the molecular exchange of water molecules through membranes of dispersed vesi-
cles prepared from block copolymers with different hydrophobic sections (poly-
2-vinylpyridine, polyisoprene, polybutadiene and polylactid) and PEO hydrophilic
section [140]. A characteristic parameter of the exchange process is the activation
energy for the membrane permeation. In the given case, it characterizes the en-
ergy barrier which an individual water molecule has to overcome when it penetrates
through the hydrophobic region of the vesicle membrane. Calculations based on
these parameters revealed a variation of the water permeability for the different
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vesicle types. The authors attributed this to different membrane thickness and
to different polarities of the hydrophobic sections; e.g., poly(2-vinylpyridine) in
P2VP–PEO is more polar than poly(isoprene) in PI–PEO, which explains the higher
permeability of P2VP–PEO membranes. It has also been noticed that the differences
in permeability tended to decrease with increasing temperature.

A simple method to measure the membrane permeability to specific molecules
has been presented by G. Battaglia and coworkers [141]. The authors encapsu-
lated highly hydrophilic 3,3′,3′′-phosphinidynetris-benzenesulfonic acid (PH) into
poly(ethylene oxide)-co-poly(butylene oxide) (EB) vesicles and monitored its re-
action with 5,5′-dithiobis-2-nitrobenzoic acid (DTNB) penetrating the membrane
from the exterior. The reaction rate (amount of the formed product as a function
of time after DTNB addition) measured with UV/Vis was directly correlated to the
permeability of the permeating molecule. A comparison of these results with the per-
meability of egg yolk phosphatidylcholine (PC) vesicles showed that EB membranes
have a more selective permeability toward polar molecules than the phospholipids
membranes. Also in this case the permeability appeared to depend on the membrane
thickness as predicted by Fick’s first law.

Interestingly, it has been found that the permeability of the vesicle membrane can
be affected by small organic molecules, which change the thickness and the polarity
profile of the bilayers. For example, ethanol influenced significantly the permeation
characteristics of poly(isoprene-b-ethylene oxide) bilayer membranes [142]. Re-
cently, Yan et al. used freeze-fracture transmission electron microscopy (FF–TEM)
and pulsed-field gradient nuclear magnetic resonance (PFG–NMR) spectroscopy
to investigate the effect of glycerol on the permeability of vesicle membranes
of poly(ethyleneoxide)-b-poly(dimethylsiloxane)-poly(ethyleneoxide) ((PEO)15 −
(PDMS)15 − (PEO)15) in water/glycerol mixed solvents [143]. In general, the
results showed that the permeability of the vesicle membrane increases with increas-
ing glycerol concentration in the solvent. Gradual substitution of water with glycerol
led to significant structural transformations: small vesicles gradually swelled, and at
glycerol content of 60% a complete disintegration of the vesicles into membrane
fragments was observed. The authors assumed that the glycerol molecules lead to
an increase of the polarity as well as of the flexibility of the hydrophobic block. This
effect of small molecules on intermediate polarity might be of general importance
for controlling the permeability of vesicle membranes.

The membrane permeability is affected also by the glass transition temperature of
the hydrophobic block of polymer vesicles. For instance, the group of A. Eisenberg
loaded a drug, doxorubicin, into a vesicular system based on poly(styrene-b-acrylic
acid) (PS-b-PAA) and found that due to the much higher glass transition tempera-
ture (Tg) of PS than that of lipids, the rate of drug diffusion through the polymer
membrane was slow [144]. The authors tuned the permeability of PS membrane
by adding different amounts of dioxane to the external solutions of the vesicles,
which plasticized the glassy vesicle membranes. It was shown that by varying the
degree of plasticization of the vesicle wall, the extent of loading and release can be
controlled independently. The same group investigated the proton diffusion across
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the membranes of PS-b-PAA vesicles [145]. A pH gradient was created across the
vesicle membrane with a pH inside (pHin) of ca. 2.9 and a pH outside (pHout) of
ca. 8.5. The permeability of the PS wall was tuned by adding different amounts of
dioxane (0–40 wt%) to the external solution. The diffusion coefficients of protons
increased with increasing the dioxane content most likely due to plasticization of
the PS membrane by dioxane.

5.3 Adhesion of Polymer Vesicles

The understanding of the adhesion behavior of polymersomes to biologically rel-
evant surfaces such as the cellular membrane is essential for their potential appli-
cations (i.e., targeted drug delivery). To investigate the polymersome response to
adhesion, amphiphilic copolymers have been modified with chemical moieties com-
plementary to specific receptors and the adhesion forces driven by these receptor–
ligand interactions have been measured. For example, Rigler and Meier quantified
the binding of biotinylated nanocontainers to fluorescently labeled streptavidin by
fluorescence cross-correlation spectroscopy [146]. Alternatively, the group of Ham-
mer used the micropipette manipulation method to investigate the adhesion of
biotin–lysine functionalized PEO–PBD vesicles to avidin-coated beads [147]. The
results showed that the length of the biotin-containing diblock, the length of the sur-
rounding nonfunctionalized diblock, and the density of the functionalized polymer
all had an effect on the adhesion strength. The strongest adhesion was seen when
the functionalized polymer was significantly longer than the surrounding nonfunc-
tionalized polymer. This was likely because longer functionalized polymer has a
better access to the opposing surface. The same group tried to better elucidate the
mechanism and proposed a model to design functionalized polymersomes with pre-
determined ligand-induced adhesiveness [148]. In subsequent studies Hammer and
coworkers measured the adhesiveness of micron-sized PEO-b-PB polymersomes
functionalized with antiintercellular adhesion antibodies-1 (anti ICAM-1) that bind
to vascular intercellular adhesion molecules-1 (ICAM-1), which could be useful
for vascular targeting [149]. Micropipette aspiration was used to confirm a spe-
cific adhesion and measure the adhesion strength between an anti ICAM-1-coated
polymersome and an ICAM-1-coated polystyrene microsphere at various surface
densities of adhesion molecules. The adhesion strength increased linearly with the
surface density of anti ICAM-1 molecules, in contrast to the adhesion measured
between biotinylated vesicles and avidin-coated beads [147]. The difference in the
dependence on functional groups density was likely due to the molecular presen-
tation at the vesicle surface (molecular topology); in the described study, the anti
ICAM-1 antibodies were effectively presented and, thus, a monotonic increase in
adhesiveness with antibody density was observed.

Recently, Nam and Santore examined adhesive plaque formation dynamics of
unilamellar PEG–PDMS copolymer membranes, driven by avidin–biotin binding
[150]. With the help of dual micropipette aspiration the authors controlled the
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membrane tension and studied the irreversible membrane–membrane contact and
the limit of binding sites density. Furthermore, they found that the adhesion and
spreading kinetics are dominated by configurational motions of the ligands and
receptors, membrane deformation processes, and the underling ligand–receptor
binding kinetics. The final calculations based on membrane tension (τ) and con-
tact angle (θ) values indicated that the chemical driving force for adhesion greatly
exceeds the mechanical resisting tension.

5.4 Fusion and Fission of Polymer Vesicles

Polymer vesicles have been designed to be tougher than liposomes and their
fusion/fission behavior has never been included in the design stage [38]. In gen-
eral, the contact and fusion of polymer vesicles is restricted due to a strong steric
hindrance given by the solvated polymer brushes on the outer wall. Despite this
barrier, fusion of polymersomes has been reported to occur at certain chemistry and
conditions. For example, Luo and Eisenberg proposed a fusion/fission mechanism
for PS–PAA diblocks in different dioxane/water mixtures to explain the appear-
ance of intermediate morphologies where two vesicles closely interact or share
a membrane wall [13]. The same group investigated [151] the effect of solvent
composition on the fusion rate of vesicles from the same copolymers.

Real-time monitoring of fusion and fission has been reported for polymer vesicles
generated from an amphiphilic multiarm copolymer with a hyperbranched poly(3-
ethyl-3-oxetanemethanol) core and many oligo(ethylene oxide) arms (HBPO-star-
PEO) [152, 153]. Sonication could partly break the hydrogen bonds and give rise to
molecular packing defects on the membrane, which triggers the membrane fusion.

Recently, Su and coworkers observed a real-time fusion process of giant vesicles
from amphiphilic poly(N-isopropylacrylamide)-block-poly{6-[4-(4-methylphenyl-
azo) phenoxy] hexylacrylate} (PNIPAM-b-PAzoM) formed in H2O/THF mixture
[154]. The fusion of the vesicles was induced upon irradiation of light at 365 nm
and visualized directly under an optical microscope (Fig. 8). Most likely the fusion
derivation was preliminarily due to the perturbation by the photoinduced trans-to-
cis isomerization of azobenzene units in the vesicles.

6 Experimental Methods for Preparation of Vesicles

In general, the methods reported for preparation of liposomes are also applica-
ble to amphiphilic polymers forming vesicular structures. The preparation methods
are divided in two main groups: solvent free techniques and solvent displacement
techniques (cosolvent methods) comprising the use of organic solvents. In the first
group, the amphiphile in its dry state is brought in contact with an aqueous medium
and is subsequently hydrated to yield vesicles. This way no organic solvent is
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Fig. 8 a–f Fusion process of the PNIPAM-b-PAzoM vesicles in a 50 vol. % H2O/THF mixture
induced by irradiation of UV light (365 nm, 0.6 mW). Image a is the initial image of three vesicles
denoted V3, V4 and V5, respectively, and after irradiation for different time intervals: b 16, c 33,
d 42, e 58, f 80 min. The scale bars are the same of 5 mm for all graphs. Su W, Luo Y, Yan Q,
Wu S, Han K, Zhang Q, Gu Y, Li Y (2007) Macromol Rapid Commun 28:1251. Copyright Wiley.
Reproduced with permission [154]

present any more in the system, which can be mandatory for certain applications.
In the second group of preparative methods, the block copolymer is first dissolved
in an appropriate organic solvent and then the polymer solution is mixed with water
under vigorous stirring. The organic solvent can be removed subsequently with an
appropriate technique such as dialysis or freeze-drying. Even though sometimes sol-
vent residues remain which may interfere in biological and galenical applications.
Solvent residues further fluidize the membranes leading to decreased vesicle stabil-
ities [155]. It is also possible to prepare vesicles by a so-called detergent method,
where the polymer is dispersed in water with the help of a surfactant with high
CMC (critical micelle concentration), which is then removed by dialysis or by us-
ing appropriate resins [156]. Each method can yield a variety of self-assembled
superstructures (micelles, vesicles, tubes). As discussed above, several factors such
as length of the individual blocks, polydispersity, additives (ions, homopolymers
and surfactants), nature and composition of the solvent, water content as well as
temperature provide control over the type of the self-assemblies [45].

Homogeneous in size vesicle dispersions can be achieved through vortexing,
freeze–thaw cycles, extrusion and sonication, or a combination of these meth-
ods. These steps usually also lead to decrease of vesicle diameter and lamellarity
[101, 157].
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6.1 Solvent Free Preparation Methods (Film Rehydration,
Electroformation)

The film rehydration method includes preparation of a thin copolymer film on a solid
surface (e.g., glass, Teflon) in the first step [42, 77, 101, 133, 158]. This is achieved
by dissolving the polymer in an appropriate solvent or solvent mixture, which is
then evaporated by means of a rotary evaporator, high vacuum pump or nitrogen
stream. In the second step, aqueous buffer or pure water is added which leads to
swelling of the film. It is proposed that the swelling is caused by water permeation
through defects in the polymer layers; this process being driven by hydration forces.
Formation of vesicular aggregates by the film rehydration method is reported for
amphiphilic copolymers comprising hydrophobes with sufficiently low Tg such as
poly(ethyl ethylene) (PEE), poly(dimethyl siloxane) (PDMS), poly(propylene sul-
fide) (PPS), poly(butylene oxide) (PBO), and poly(propylene oxide) (PPO). As a
general rule, the higher the MW of the macroamphiphiles the more difficult is the
vesicular formation with this method at room temperature and hydration has to be
combined with additional treatments such as freeze-thawing, heating and sonica-
tion. When block copolymers have low MWs, spontaneous formation of vesicles
can occur in a short time and without any additional energetic input. Commonly,
small multilamellar vesicles with a broad size distribution are obtained with the film
rehydration method.

The method of solid rehydration (bulk swelling) resembles the film rehydration
method; however, the amphiphile is directly hydrated as bulk powder. Therefore,
longer or more vigorous agitation to completely hydrate the polymer is required
[42, 103, 114].

Electroformation is a suitable technique to achieve homogenous unilamellar gi-
ant polymersomes with diameters above one micrometer [133, 157]. This method
is similar to the film rehydration method, but, instead of using a solid surface,
the polymer film is spread on a pair of electrodes, made of either indium–tin–
oxide (ITO) coated glass plates [159, 160], platinum wires [161, 162] or gold wires
[163]. After addition of buffer, an electric current is applied to facilitate hydration.
The electric field affects the vesicle formation by decreasing membrane tension,
by inducing periodic motions (mechanical stress) and by increasing interlayer re-
pulsion through electroviscous/electrostatic effects (mainly in the case of charged
amphiphiles).

Battaglia and Ryan [164] studied in detail the mechanism of different path-
ways for preparation of vesicles from poly(ethylene oxide)-co-poly(butylene oxide)
with various molecular weights. The vesicle formation was observed both macro-
scopically (confocal laser scanning microscopy) and microscopically (small-angle
X-ray scattering). Both methods have revealed that the amphiphilic block copoly-
mers swell in water following two qualitatively different growth regimes. At first the
complex kinetics of hydration were studied and modeled using a generalized ran-
dom walk approach. Subsequently, the formation of vesicles was monitored in the
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presence of an electrical field and compared with the formation by simple hydration.
It was found that the final vesicle size is strongly dependent on the concentration
gradient.

6.2 Solvent Displacement Techniques

The cosolvent method, also known as solvent injection method permits vesicle
formation for glassy or crystalline block copolymers. As a rule, the amphiphilic
copolymer is dissolved in an appropriate organic solvent or solvent mixture, the
role of which is to lower the Tg below room temperature; next the solution is added
dropwise to an aqueous buffer under vigorous stirring. Originally this method has
been employed for PS–PAA and PS–PEO copolymers that self-assembled in vesic-
ular structures by adding water to DMF or dioxane polymer solution [61, 105] and
then further applied to many other polymer systems [165].

The cosolvent method is known to result in a dispersion of vesicles of a rather
broad size distribution. The polydispersity can be reduced by repeated extrusion
[83]. A drawback of the method is that organic solvent could remain in the vesicles
and the surrounding liquid. To exclude residual solvent, the vesicle suspension is
dialyzed or ultrafiltered.

In other reports, solvents immiscible with water were used to form polymeric
vesicles. Feijen and coworkers reported on vesicle formation for diblock copolymers
of PEO and polyesters or poly(carbonates) with both water-miscible and immiscible
solvents [155]. In some cases it is very difficult to remove the organic solvent and
experiments with vesicles formed in water-immiscible solvents are limited to some
extent.

Interestingly, Förster and coworkers reported the use of inkjet printing technol-
ogy to produce directly unilamellar polymer vesicles with a narrow size distribution.
The average size of the vesicles depended on the initial polymer concentration in the
organic (water-miscible) phase and the type of nozzle used [166].

Block copolymers can also assemble into vesicular objects when dispersed in an
organic solvent selective for one of the blocks. Such systems that form vesicles in
nonaqueous media can be exploited for nonbiological applications and will not be
an object of discussion here. Information concerning their nature and self-assembly
is available in reference [167].

7 Characterization Methods

In this section we briefly present several techniques commonly used to study vesi-
cles. Owing to space limitations, we rather concentrate on the physicochemical
properties that can be learned from those measurements and omit an exhaustive
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characterization of each technique. The techniques reviewed here are those gener-
ally applied in colloid science and involve light scattering and various microscopies.

7.1 Scattering Methods

Turbidity measurements, practically realized by static and dynamic light scatter-
ing experiments, are the main tool to study polymer aggregation in solution. Light
scattering has been extensively used to determine vesicle size and size distribution
(size polydispersity), vesicle disruption by dilution [83] or detergent exposure [132]
changes in the vesicular size with variation of pH [168], vesicular morphology
and morphology evolution with thermal treatment [169], as well as the critical
aggregation concentration [83]. The average hydrodynamic radius Rh determined
by dynamic light scattering (DLS) measurements gives an indication of the size
of colloidal objects. Laser light scattering is able to probe aggregates in the size
range of 1–1,000 nm [170]. From static light scattering (SLS), structural properties
are available such as weight averaged molecular weight (Mw), particle shape and
size [83, 171], and particle–particle as well as particle–solvent interactions.

Combinatorial small-angle X-ray scattering (SAXS) and wide-angle X-ray scat-
tering (WAXS) provide information about structural features of colloids. These
scattering methods have been used to investigate phase behavior over a concentra-
tion gradient of block copolymers in water [172]. The small-angle neutron scattering
(SANS) technique is unique for studies of chain conformations and interaction pa-
rameters in the one-phase region. It allows investigations of the morphology and
thermodynamics of polymer blends and copolymers. Additionally, structure and
self-assembly of block copolymers, and control of drug encapsulation by multil-
amellar vesicles have been studied [173].

7.2 Microscopy

Microscopy allows a direct visualization of polymersomes and many important as-
pects like size, morphology or homogeneity can instantly be revealed. Therefore,
the method is a very powerful tool for polymersome’s investigation.

Optical microscopy offers the possibility to visualize directly polymeric vesicles
under ‘physiological’ conditions. It is not necessary to dry or stain specimens; in-
stead, they can be kept in aqueous buffer. The major drawback of light microscopy
compared to electron microscopy is the limited resolution, due to which it is manda-
tory to have polymersomes of large size: giant vesicles with diameters above one
micron are best suited for such studies.

In some cases, polymersomes neither absorb light nor seem to get stained with
chemical dyes. Therefore, contrast is so poor that the specimen remains essentially
invisible and contrast has to be enhanced using other techniques. Phase contrast
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microscopy is ideal for thin, unstained objects, which barely exhibit any light
absorption in the visible part of the spectrum. By means of this technique a di-
rect visualization of polymeric aggregates, providing information on the structural
details [42,174] and the kinetics of transition between different aggregate morpholo-
gies [8] was possible. In addition, dynamics of morphological transformations can
be continuously recorded [77].

Unlike transmission light microscopy, in fluorescence microscopy a sufficient
contrast is achieved since only the emitted light from the specimen reaches the de-
tector. There are several important advantages of fluorescence over transmission
microscopy techniques: (1) specific labeling with fluorochromes gives the ability
to distinguish between nonfluorescing materials; (2) multiple staining with differ-
ent probes allows for visualization of individual target molecules; (3) fluorescence
microscopy reveals the presence of fluorescent material with exquisite sensitivity –
as few as 50 fluorescent molecules per milliliter are sufficient to be detected. Be-
sides visualization of steady state structures, fluorescence microscopy permits to
study dynamic processes of macromolecules such as diffusion, binding constants,
enzymatic reaction rates and a variety of reaction mechanisms in time-resolved mea-
surements.

In most cases, the amphiphilic polymers do not exhibit intrinsic fluorescence and
therefore a dye needs to be encapsulated, or the vesicle membrane has to be stained.
The first method requires encapsulation of a water-soluble fluorescent dye during
vesicle formation followed by a subsequent exclusion of the dye from the extra-
cellular space (e.g., by size exclusion chromatography, dialysis, ultrafiltration, or
centrifugation). To stain the membrane either a fluorophore is covalently linked in
a certain percentage to the membrane forming molecules, or a lipophilic probe is
aggregated in the hydrophobic part of the membrane [116, 146, 175, 176].

Total Internal Reflection Fluorescence Microscopy (TIRFM) is another useful
tool for studying the reactions of individual molecules adsorbed, adhered or bound
to surfaces. Typical applications are membrane fusion of vesicles [177], conforma-
tional and orientation changes [178] and lateral mobility of molecules [179].

Confocal microscopy presents further improved possibilities (e.g., exquisite sen-
sitivity) for vesicle investigation. By Laser Scanning Confocal Microscopy (LSCM)
optical slices of the specimen are imaged with high contrast and high resolution
[70, 116, 180, 181]. LSCM offers the ability to adjust magnification electronically
simply by varying the area scanned by the laser. Here disadvantages are the limited
number of excitation wavelengths available with common lasers (referred to as laser
lines). Besides visualization of steady state structures, studies of dynamic processes
are possible. Confocal microscopy is therefore an extremely powerful technique for
studying vesicles (Fig. 9), however, the relatively high equipment costs limit its ap-
plication as standard tool.

The most frequently applied technique for determination of the topography of
structures on solid substrates are scanning force microscopy (SFM) methods [182],
which allow for obtaining precise (with a few Å resolution) images. Presently,
the atomic force microscopy (AFM) technique is a basic tool in laboratories for
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Fig. 9 Confocal LSM
images of micron-size
TAT-conjugated NIR
polymersomes. a
Fluorescein-Tat
functionalized vesicles. b
FITC-Tat functionalized
vesicle surface with
near-infrared fluorophores
(NIRF) leaded within the
membrane. Green = FITC,
red = NIRF,
yellow = fluorophore
colocalization; scale
bar = 10μm. Reprinted with
permission from [181].
Copyright (2007) American
Chemical Society

Fig. 10 Tapping mode AFM analysis of PDMAEMA4PBMA66PDMAEMA4 vesicles on silicon
substrate. Reprinted with permission from [119]. Copyright (2007) American Chemical Society

investigating the properties of thin films on solid substrates, but it has also proven
useful in studies of shape and size of polymer vesicles (Fig. 10) [183–185].

Transmission Electron Microscopy (TEM) is perhaps the most used visualization
method for studying polymer aggregates. Additionally, negative staining permits
very high resolution imaging of surface details. Cryo-TEM offers another advan-
tage: since specimens are rapidly frozen and viewed in a natural hydrated state
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Fig. 11 Cryo-TEM image of
PMOXA-b-PDMS-b-
PMOXA vesicles prepared by
film swelling in water; scale
bar: 200 nm. Reprinted
from [187] Kita-Tokarczyk
K, Grumelard J, Haefele T,
Meier W. Block copolymer
vesicles-using concepts from
polymer chemistry to mimic
biomembranes. Polymer
46:3540, Copyright (2005),
with permission from Elsevier

(aqueous suspension), a direct visualization of the aggregates is possible without the
risk of artifacts that could occur in conventional TEM from drying and/or staining
(Fig. 11). A good example to illustrate the power of Cryo-TEM for high-resolution
imaging of polymer aggregates was presented by Won et al. The authors visual-
ized vesicular and micellar aggregates in dispersions of PEO−PBD, PEO−PEE
and PEO−PEE−PEO copolymers [186]. Furthermore, with the help of cryo-TEM,
a spontaneous formation of vesicles and their transition to lamellar structures were
observed [46]. A cryogenic scanning electron microscopy has also been used to
characterize multilamellar vesicle structures [47].

Freeze-fracture reveals intravesicular details in three dimensions. Samples are
frozen rapidly in liquid nitrogen and fractured to reveal internal structure. Ad-
ditionally, lyotropic behavior of amphiphilic ABA triblock copolymers in water
has been investigated using polarized light optical microscopy and freeze-fracture
TEM [188].

UV and FTIR spectroscopies have been successfully applied to confirm the cross-
linking in vesicles from PI-b-PCEMA [189, 190], based on the fact that absorption
from CEMA (2-cinnamoylethyl methacrylate) disappears during the UV irradiation
of a vesicle solution. Fluorescence spectroscopy is normally applied in studies of
controlled encapsulation and release from polymersomes as well as for finding the
position of particular components in a membrane [13]. The degree of ionization of
the corona blocks has been studied in various diblock copolymer systems with ζ po-
tential measurements [72,191]. Such measurements allow for the precise assessment
of the influence of inorganic acid/base on the formation and sizes of the result-
ing vesicles. Differential scanning calorimetry (DSC) was used to investigate the
self-assembly of PS-b-P4VP (4-vinyl pyridine) in the presence of perfluorooctanoic
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acid (PFOA) in chloroform solutions [192]. From DSC results conclusions were
drawn concerning the thermal changes in the system, namely, transitions between
various morphologies and the influence of various additives on the behavior of the
system. Nuclear magnetic resonance techniques can also be used successfully to de-
termine membrane properties such as permeability, hydration limit (water content
along the polymer chains forming the membrane) and diffusion coefficients of the
vesicles [193–195].

8 Interactions of Amphiphilic Block Copolymers
with Biological Membranes

Recently, scientific interest has been concentrated on interactions between am-
phiphilic block copolymers and lipid mono- and bilayers [196–200]. Understanding
the nature of such interactions will open a route towards multiple applications in
fields as biophysics, biomedicine, and biotechnology. Particular areas of scientific
interest are, for instance, elucidation of the mechanism of membrane-sealing capa-
bilities of block copolymers penetrating into lipids [198, 201] and how adsorption
of amphiphilic block copolymers to liposomes enhances their stability [202, 203].
Furthermore, the interactions between polymers and biomembranes play a central
role in the investigation of polymer-induced “flip-flop” within lipid membranes
[200, 204, 205], and in the triggered generation of synthetic membrane channels
and pores in lipid membranes [196].

In this research field most studies have been performed with poly(ethylene
oxide)-b-poly(propylene oxide)-b-poly(ethylene oxide) triblock polymers (PEO−
PPO−PEO) commonly referred to “poloxamers” (ICI) or “pluronics” (BASF)
[197, 199, 202]. These noncytotoxic and nonionic polymers are biocompatible and
therefore have emerged as potentially important materials in biotechnology and
molecular medicine [206, 207]. For instance, the poloxamer known as P188 or F68
(PEO76−PPO29−PEO76) has attracted special interest due to its membrane sealing
capabilities [201, 208]. The work of several groups targeted at better understand-
ing of the polymer mediated cell membrane sealing mechanism by modelling the
outer leaflet of the cell membrane using a Langmuir lipid monolayer spread at
the air–water interface [198, 199, 201]. Upon injection of P188 into the subphase
of DPPC (dipalmitoylphosphatitylcholine) or DPPG (dipalmitoylphosphatidylglyc-
erol) monolayers, and after attaining appropriate surface pressures, polymer adsorp-
tion to the lipid monolayers was observed. As the polymer did not adsorb at higher
surface pressures, it was presumed that it will only insert into non-intact mem-
branes. Increasing the surface pressure led to expulsion of the polymer from the
lipid layer. This might represent a model for the self-healing process of membranes.
As the cells heal and inner membrane lipid packing is regained, the polymer is
“squeezed out” and therefore removed entirely [201]. It has been suggested that the
hydrophobic PPO domain directs the poloxamer integration into lipid monolayers.
Further experiments showed that increasing the absolute size of the PPO subunits
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renders the polymer more bulky and therefore prevents insertion, however, once in-
serted, larger poloxamers are able to remain associated within the film even at much
higher lipid packing densities [199]. The experimental observations were supported
by Monte Carlo simulations [198]. Besides poloxamers, the interactions of other
amphiphilic polymers with lipid monolayers have also been studied [209, 210]. For
example, diblock copolymers with polar poly(tert-butyl acrylate) (PtBA) and non-
polar poly(styrene) (PS) blocks were anticipated to act as polymeric surfactants for
the treatment of the dry-eye syndrome [210, 211]. This syndrome arises from insta-
bilities in the tear film. Amphiphilic PtBA–PS-copolymers were designed to interact
with the lipids present in the tear film in order to increase its stability. Experimental
results indicated that a copolymer bearing a small hydrophilic and a large hydropho-
bic block is a likely candidate for strengthening the tear film [210].

Apart from Langmuir monolayers also lipid bilayers (i.e., liposomes) served as
model systems to elucidate polymer–lipid interactions [197, 202, 203]. Normally, a
lack of stability limits the liposome’s applications in vivo and in vitro. This draw-
back could be overcome by conjugation of triblock copolymers into liposomes.
Two different pathways to achieve steric vesicle stabilization were proposed: the
copolymer chains are either directly involved in the vesicle formation process, thus
the hydrophobic chains become an integral part of the bilayer, or alternatively, the
copolymer is adsorbed onto preformed vesicles [203]. Besides stability, adsorption
of polymers on liposomes also affects permeability. It was shown, for example,
that there is a direct correlation between the poloxamer adsorption and the leakage
rate of encapsulated carboxyfluorescin dye [202]. Evidently, the adsorbed poly-
mers solubilize the lipid membrane and increase the permeability. Additionally,
PEO−PPO−PEO copolymers, inserted into lipid vesicles, induce transient pores in
the membrane, thus increasing its porosity, which enables controlled release of en-
closed components [196]. A transmembrane permeation induced by pluronics was
also verified for antitumor drugs like anthracycline [212]. As much as a pore for-
mation and a membrane destabilization in lipid vesicles may sound contradictory to
the previously described monolayer healing experiments, it has to be remembered
here, that the experimental set-ups for monolayer and vesicle studies have different
constraints and the results cannot be always directly compared.

Firestone et al. investigated the relationship between the molecular architecture
of a series of poly(ethylene oxide)-b-poly(propyleneoxide) (PEO−PPO) di- and tri-
block copolymers and the nature of their interactions with lipid bilayers [213]. The
number of repeat units in the hydrophobic PPO block has been found to be a critical
determinant for the polymer–lipid bilayer association. Further studies showed that
temperature, polymer architecture and concentration also control the mode of in-
teraction of PEO−PPO−PEO copolymers with lipid bilayers. Increasing either the
number of repeat units in the PEO block or the polymer concentration promotes a
greater degree of structural ordering [197].

It was also observed that nonionic amphiphilic ABA polymers (e.g., PEO−
PPO−PEO) [200, 205], polycations (e.g., quaternized poly(4-vinylpyridine) [214]
and hydrophobically modified poly(N-isopropylacrylamide) [204] are able to accel-
erate translocation from the inside leaflet to the outside leaflet (“flip-flop”) within
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lipid bilayer membranes. Driving forces and mechanisms of flip-flop catalyzed by
nonionic and cationic polymers are different. The nonionic polymers bind to the
biological membrane via incorporation of their hydrophobic blocks into the inner
part of the lipid bilayer. On the other hand, external binding of cationic polymers
is driven by electrostatic interactions between the positively charged polymer units
and the negatively charged lipid headgroups within the outside leaflet. Polymer-
induced flip-flop can influence other biologically important events in the biological
membranes. It has been found that the flip-flop catalyzed by polymers is closely
associated with the ability of polymers to increase the membrane permeability to-
ward biologically active compounds. For instance, when bound to lipsosomes both
Pluronics and polycations catalyze a pronounced acceleration of the transmembrane
Dox permeation [205, 215–217].

Even though polymer–lipid interactions find already a number of biomedical
applications, these systems still lack systematic investigations to achieve a better
understanding of the ongoing mechanisms on molecular level. Without a doubt, this
research will undergo further progress.

9 Vesicles Reacting to Environmental Stimuli

In contrast to lipids, polymer chemistry allows various chemical modifications to in-
troduce functionality and make polymers responsible to environmental stimuli (pH,
temperature, ions, light, etc.). In biosciences, responsiveness to external stimuli is a
crucial factor, especially in drug release and construction of biomaterials.

pH varies inside the body and so is a suitable stimulus for in vivo applications.
Principally, pH-sensitive polymeric vesicles contain polyelectrolyte blocks, i.e.,
weak acids (e.g., carboxylic acid) or weak bases (e.g., amino groups), which change
their properties upon protonation or deprotonation. This way, the amphiphilic bal-
ance changes leads to increased/decreased vesicle stability. Bochert et al. [110]
showed a pH-induced release of hydrophilic dyes from poly(2-vinylpyridine-b-
ethylene oxide) (P2VP–PEO) block copolymer vesicles. P2VP has a pH-dependent
solubility: it is insoluble in water at neutral and alkaline conditions, but soluble at
pH values below 5. When the pH of the vesicular solution is lowered below 5 the
P2VP block gets protonated, which results in a vesicular dissolution and release of
the dye, respectively.

Du and coworkers [122] prepared vesicles from poly(2-(methacryloyloxy)ethyl
phosphorylcholine-b-2-(diisopropylamino)ethyl methacrylate (PMPC-b-PDPA) di-
rectly in water without any cosolvents. These vesicles are stable at physiological
pH and completely dissociate below pH 6. Moreover, they are very close ana-
logues of conventional liposomes due to the biomimetic phosphorylcholine motif.
Further research demonstrated that these polymersomes are efficient systems for
pH-controlled encapsulation and delivery of DNA [218].

Bellomo et al. [219] reported that a polypeptide type copolymer composed of
poly[N-2-{2-(2-methoxyethoxy)ethoxy}acetyl-L-lysine] as hydrophilic block and
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poly(L-leucine–co–L-lysine) as hydrophilic/hydrophobic block forms pH respon-
sive vesicles. At pH 10.6, the pH-sensitive block adopted a hydrophobic α-helical
conformation, while protonation of the lysine residues at pH 3.0 caused a helix-to-
coil transition which let to destabilization of the vesicular structure and release of
the payload.

The group of Lecommandoux used different poly(L-glutamic acid)-based poly-
mers to achieve vesicles with pH-responsive behavior [220–222]. For instance,
poly(butadiene)-b-(glutamic acid) block copolymer formed vesicles by direct dis-
solution in a basic aqueous solution. The size of the aggregates was reversibly
influenced by pH and ionic strength. Furthermore, the 1,2-vinyl bonds in the
polybutadiene block can be cross linked by UV-light to produce shape-persistent
stimuli-responsive nanocapsules. With another product, poly(L-glutamic acid)-b-
poly(L-lysine), the same group prepared “schizophrenic” vesicles, stable at pH < 4
and pH > 10. At pH below 4, poly(L-glutamic acid) is the hydrophobic block and
above pH 10, poly(L-lysine) acts as hydrophobic block. Between pH 5 and 9, both
blocks are hydrophilic, leading to complete disruption of the vesicles.

A system with interesting properties is the poly(ethylene oxide)-block-poly[2-
(diethylamino) ethyl methacrylate]-stat-[3-(trimethoxysilyl)propyl methacrylate]
(PEO-b-P(DEA-stat-TMSPMA)) block copolymer. This self-crosslinkable copoly-
mer formed vesicles which demonstrated pH-tunable membrane permeability [223].

Water-soluble poly(acrylic acid)-based nanocapsules with reversible pH- and
ionic strength-dependent swelling transition were prepared by Meier et al. [224].
During this transition gated pores in the spherical polymer shells are opened
(closed), which enables free molecular exchange between the interior of the hol-
low sphere and the bulk medium. This pH-switchable control of permeability can
trigger release of encapsulated cargo from the polyelectrolyte spheres.

Discher and coworkers demonstrated an intelligent approach to shrink rapidly
growing tumor by means of pH-sensitive vesicles [176]. The authors used
poly(ethyleneglycol)-b-poly(lactic acid) vesicles loaded with anticancer drugs that
disintegrated into membrane-lytic micelles within hours at 37◦C and low pH. In
contrast to the release mechanism relying on the systematic change in hydrophobic
blocks polarity upon protonation/deprotonation, the release with this system was
accomplished via hydrolytic degradation of the hydrophobic block at acidic pH.
Hence, pH-triggered release within the endolysosomes was possible due to their
acidic pH.

Temperature-responsive polymer vesicles are highly attractive systems for trig-
gered release due to several reasons, first, local changes in the body temperature
are easily achievable by applying coldness or heat, second, the deviation from nor-
mal body temperature (37◦C) due to the presence of pathogens or pyrogens can be
used to release the payload precisely at the site of disease. Most often one of the
components of temperature-responsive vesicles is a polymer with lower critical so-
lution temperature (LCST) such as poly(N-isopropylacrylamide) (PNIPAM) (LCST
∼32◦C) or some other poly(N-alkylacrylamide) compounds [225, 226]. For in-
stance, the group of McCormick prepared amphiphilic block copolymers consisting
of hydrophilic poly[N-(3-aminopropyl)methylacrylamide hydrochloride] (PAMPA)
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block and thermo-responsive poly(N-isopropylacrylamide) (PNIPAM) [121]. PNI-
PAM has an LCST of 32◦C, above which it phase separates from solution. This
fact makes the PAMPA-b-PNIPAM polymer capable of forming vesicles above the
LCST within a narrow temperature range of 2–3◦C. Vesicles are formed directly
in water by varying the solution temperature. Additionally, the vesicles can be
structurally “locked” by polyelectrolyte complexation using the oppositely charged
poly(sodium 2-acrylamido-2-methylpropanesulfonate) (PAMPS) (Fig. 12). By fur-
ther experiments, McCormick and coworkers demonstrated that similar thermally
responsive vesicles formed from poly[2-(dimethylamino) ethyl methacrylate-block-
(N-isopropylacrylamide)] (PDMAEMA-b-PNIPAM) copolymer in aqueous solu-
tion can be easily decorated with gold nanoparticles [227].

Related thermo-sensitive, cross-linked polymer vesicles were also formed by
self-assembly of poly(2-cinnamoylethylmethacrylate)-block-poly(N-isopropylacry-
lamide) (PCEMA61−b−PNIPAM22) copolymer and subsequent photo-crosslinking
of the PCEMA shells [228]. The vesicles can load a large amount of 4-aminopyridine
(Apy) and release the compound at a tunable rate depending on temperature.

Qin et al. [229] produced a thermo-responsive PEO-b-PNIPAM block copoly-
mer that forms vesicles above the LCST of 32◦C. The PEO-b-PNIPAm vesicles are
shown to be stable at body temperature and to encapsulate both hydrophilic drugs
(e.g., Doxorubicin) and hydrophobic molecules into their membranes (e.g., PKH
26). Temperature-controlled quick release of both types of compounds below 32◦C
was possible.

The use of light as an external stimulus to control changes in the polymer prop-
erties has recently started being exploited [226].

Fig. 12 Schematic illustration of the formation of vesicles from PAMPA-b-PNIPAM diblock
copolymers and their subsequent ionic cross-linking. Li Y, Lokitz BS, McCormick CL (2006)
Angew Chem Int Ed 45:5792. Copyright Wiley. Reproduced with permission [121]
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Light-responsive polymeric vesicles can be designed by introducing polymer
blocks with photoreactive groups. In particular, azobenzene derivatives are attrac-
tive for applications due to the readily induced and reversible isomerization of
the azo bond between the trans (E) and cis (Z) geometrical isomers, which can
be induced by light and heat. Upon isomerization azobenzene molecules undergo
significant changes in the optical, mechanical and chemical properties. Zhao and
coworkers demonstrated a reversible destabilization of vesicles from azobenzene-
based polymers [230, 231]. The azobenzene moieties in the hydrophobic block
change from hydrophobic to hydrophilic due to UV-induced trans–cis isomeriza-
tion, leading to dissociation of the vesicles. However, reaggregation occurs by
shifting from hydrophilic to hydrophobic after the reverse cis–trans isomerization
upon visible light irradiation. They further explained the hydrophilicity shift as a
result of the small dipole moment in the trans isomer and a significantly higher
dipole moment in the cis isomer. Based on the same principle, Su et al. [232]
demonstrated light-responsive vesicles from poly(acrylicacid)299-block-poly{6-[4-
(4-methylphenylazo)-phenoxy]hexyl acrylate}19 (PAA299-b-PAzoM19) on a very
specific block ratio. Interestingly, the vesicles changed their shape from spherical
to ear-like during UV-light irradiation (Fig. 13).

With another polymer, poly(N-isopropylacrylamide)-block-poly{6-(4-(4-methyl-
phenyl-azo)phenoxy)hexylacrylate} (PNIPAM-b-PAzoM), the same group showed
photo-induced vesicle fusion upon UV irradiation [154]. Indeed, UV light has
a rather low biomedical significance; therefore systems responsive to NIR light,
which is characterized with deeper tissue penetration and minimal risk of damages
to healthy cells, should be designed.

Fig. 13 a–c Photomicrographs of the vesicles containing azobenzene groups in 80:20 H2O/THF
mixture a before UV irradiation and b after irradiation for 600 s. Image c is a series of photomicro-
graphs of an isolated vesicle under UV irradiation for different times, and the scale bars of 3 mm
are the same for all of the graphs in image c. Su W, Han K, Luo Y, Wang Z, Li Y, Zhang Q (2007)
Macromol Chem Phys 208:955. Copyright Wiley. Reproduced with permission [232]



Biomimetic Block Copolymer Membranes 151

Oxidative or reductive stress might also be interesting as stimuli for polymer vesi-
cles since it can be produced by manpower (e.g., electric current) or by activated
macrophages in inflamed tissues and cancer cells. Furthermore, the redox poten-
tial in the body varies depending on the side (e.g., extracellular and intracellular).
The group of Hubbell [112] prepared a block copolymer from polyethylene glycol
(PEG) and poly(propylene sulfide) (PPS) that forms vesicles in water. Upon expo-
sure to oxidative agents, the thioethers in PEG-b-PPS-b-PEG vesicles were oxidized
to poly(propylene sulphone) (polar), thus leading to hydrophilization of the origi-
nally hydrophobic block. Accordingly, it was observed that the vesicles destabilized
upon incubation with H2O2. In further experiments the same authors coupled PEG
to PPS using a disulfide bond [233]. The resulting PEG–SS–PPS vesicles appeared
to be sensitive to the high intracellular concentrations of cysteine, but stable under
the milder extracellular conditions. In cellular experiments a vesicle disruption and
release of a payload due to cysteine induced cleavage of the disulfide bond was
observed. Such a system might be interesting for cytoplasmic delivery.

The scientists have just started to explore the possibilities that responsive vesic-
ular systems can offer. For example, combined with new targeting strategies, they
can be developed towards very specific drug delivery vehicles. Following the re-
sults from environmentally-responsive micelles and translating their properties to
membrane systems will be certainly one of the future trends in the field. For mate-
rial science, the design and synthesis of vesicle forming polymers able to respond
to minimal changes in physical/chemical parameters of their environment became
challenging topics and will be further exploited to achieve control of self-assembly
via molecular architecture.

10 Potential Applications of Polymer Membranes

Features such as mechanical stability, tunable properties, responsiveness to
environmental stimuli, ability to encapsulate both hydrophilic and hydrophobic
compounds, etc. make polymer membranes excellent candidates for use in medical,
pharmaceutical, and environmental fields. Hence, polymer membranes have at-
tracted a considerable attention in recent years. In this section, we review the
potential applications of block copolymer vesicles.

10.1 Therapeutic Applications

Many of the polymer vesicles present in the literature are addressed to drug delivery
applications. To achieve their potential as effective delivery vehicles, polymer-
somes must efficiently encapsulate therapeutic agents. Their ability to encapsulate
molecules into either the aqueous lumen [144, 229, 234] of the vesicle (e.g., dox-
orubicin) or the hydrophobic core of the membrane (e.g., taxol (TAX)) has been
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Fig. 14 a, b Drug loading, release, and antitumor activity of degradable polymersomes. a Cryo-
TEM image of DOX- and TAX-loaded PEG–PLA-based nanopolymersome. b Solid tumors shrink
after a single injection of (DOX + TAX)-loaded polymersomes. For treatment, either drug-loaded
polymersomes (red), free drug (blue), empty polymersome or saline control was injected in the tail
vein. Reprinted with permission from [176]. Copyright (2006) American Chemical Society

systematically studied [181, 235]. A beautiful example of combined delivery plat-
form comes from Discher’s labs [236]. The researchers developed an effective
anticancer therapeutic device by loading both doxorubicin and taxol simultane-
ously to biodegradable polymersomes. The concept involves poly(ethyleneoxide)-
b-poly(lactic acid) block copolymer vesicles, where doxorubicin is encapsulated in
the hollow sphere, while taxol incorporates in the polymer membrane (Fig. 14).
This formulation decreased the size of breast cancer tumors in mice considerably
and showed a better performance than free drugs [176].

Drawing from work with lipoplexes, polymer vesicles were investigated for use
as gene therapy vectors, and initial studies of DNA interaction with different catan-
ionic vesicle systems were performed. For instance, Korobko and coworkers were
able to release effectively genes in vitro [237,238]. This was achieved by encapsulat-
ing DNA to the lumen of cationic vesicles from poly(butadiene-b-N-methyl-4-vinyl
pyridinium) (PB-b-P4VPQ). Additionally the authors demonstrated that these poly-
mersomes are not limited to small DNA molecules, but successfully encapsulated
DNA plasmid pUC18 within the aqueous lumen [238].

Recently, the group of Battaglia used poly(2-(methacryloyloxy)ethyl-
phosphorylcholine)-co-poly(2-(diisopropylamino)ethyl methacrylate) (PMPC–
PDPA) diblock copolymers to prepare biomimetic and pH-sensitive polymersomes
for gene delivery [218]. These formulations encapsulated and released DNA in a
pH-controlled manner. Notably, the pH drop was sufficient to trigger the transition
from DNA-loaded vesicles to DNA–copolymer complexes.

Encapsulation and delivery of DNA has also been investigated with poly(amino
acid) (poly(AA)) based polymer vesicles. Brown and coworkers synthesized an
amphiphilic triblock copolymer from methoxy-poly(ethylene glycol) (mPEG), hy-
drophobic palmitic acid chains in block segments along a poly-L-lysine (PLL) or
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poly-L-ornithine (PO) backbone, and a block segment of bare, cationic PLL or
PO [239]. This triblock self-assembles to form vesicle structures capable of interca-
lating with DNA. Incubation of these DNA-containing vesicles with two different
cell lines showed improved DNA transfection vs poly(AA) + DNA or DNA alone.
Injection of the DNA-encapsulating poly(AA) vesicles in vivo has shown that gene
transfer can be achieved in the lungs and liver [240]. However, measurements of
cytotoxicity in cell culture indicated cell death at vesicle concentrations as low as
0.1mg mL−1 of polymer, meaning that a more biocompatible polymer gene delivery
vector is needed.

Initial work with degradable PEG–PLA vesicles has shown that the encapsulation
and delivery of siRNA in vitro is comparable to levels achieved with the commonly
used lipoplex of siRNA and Lipofectamine 2000 (LFA) [241].

So far, little work has been done to encapsulate therapeutic proteins. Hence, the
encapsulation of recombinant insulin was a challenging test of therapeutic protein
encapsulation in PEG-based polymersomes [241]. Encapsulation of insulin in neu-
tral and biologically stable PEG–PBD polymersomes provides a promising method
to increase therapeutic efficiency by maintaining protein structure.

Another possibility for therapeutic application of polymer vesicles has been
presented recently [242]. Superoxide dismutase, an antioxidant enzyme, was en-
capsulated in the vesicular cavity and shown to remain functional in neutralizing
superoxide radicals in situ. The polymer membranes were proven permeable to su-
peroxide radicals by pulse radiolysis, and the encapsulation of the enzyme prolongs
its lifetime (which is only minutes in the bloodstream, when non-shielded).

10.2 Active Targeting of Polymersomes

To bring the nanocontainer to a specific place where it should release its pay-
load, targeting is a required approach. Hence, much work has been carried out
to attach ligands or antibodies to the hydroxyl end-group of PEG-based assem-
blies [150, 181, 243]. Biotinylated nondegradable block copolymer assemblies have
been shown to attach to surfaces coated with the biotin receptor avidin [146, 147,
150, 244]. Coupling chemistry has been applied to conjugate either an antihuman
IgG, or antihuman serum to PEG-carbonate- or PEG-polyester-assembled polymer
vesicles [149, 245]. HIV-derived Tat peptide attached to PEG–PBD polymersomes
enhanced the cellular delivery of nanoparticles [246] and increased dendritic cell
uptake in vitro [181].

Researches from Meier’s and Hunziker’s groups proposed targeting strategy in-
volving biotin–streptavidin interactions [146,247]. First they prepared vesicles from
biotinylated poly(methyloxazoline)–poly(dimethylsiloxane)–poly(methyloxazoline)
triblock (PMOXA–PDMS–PMOXA) copolymers, next avidin was added to at-
tach to the outside of the vesicles, and in the following step biotinylated ligands,
poly(guanylic acid) sequences, were bound to the avidin’s free sites (Fig. 15). The
ligand was supposed to interact specifically with a cell receptor (scavenger receptor
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Fig. 15 a–c Schematic representation of the coupling of polyG with polymeric nanocontainers via
biotin–streptavidin affinity interaction, a coupling of biotinylated nanocontainers with streptavidin,
b subsequent incubation with biotinylated polyguanilic acid to render ligand-labeled nanocon-
tainers, c schematic representation of the mode of action by receptor–ligand targeting. Reprinted
from [187] Kita-Tokarczyk K, Grumelard J, Haefele T, Meier W. Block copolymer vesicles-using
concepts from polymer chemistry to mimic biomembranes. Polymer 46:3540, Copyright (2005),
with permission from Elsevier

A1), present in macrophages, responsible for cardiovascular disorders. Microscopy
studies revealed a very good colocalization of receptors and ligands, while no such
effect was observed with control cells, which did not possess the A1 receptor.
Further loading of the above described biotin–avidin functionalized vesicles with
fluorescent labels (calcein) allowed a microscopic observation of the binding and
uptake of the vesicles by the cells [175]. Again, the vesicles preferred to attach to
macrophages and they were observed to actually enter the cells by endocytosis.
After some time, calcein was released which could be observed by fluorescence
microscopy.

In recent studies Broz et al. [248] showed that the same receptor-targeted polymer
vesicles described above can be used for safe encapsulation and highly efficient de-
livery of pravastatin and controlled intracellular release of encapsulated hydrophilic
substances. With these formulations, it was possible to inhibit the endocytotic ac-
tivity of macrophages defined by the uptake of known scavenger receptor ligands.
Furthermore, the same authors presented the design of prototype PMOXA–PDMS–
PMOXA artificial organelles based on certain design principles [249]. These include
a size suited for cellular integration, a polymer membrane as a diffusion barrier for
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separation of the microenvironment from the surroundings while allowing substance
transfer of the chosen model substrate, an enzyme content allowing a specific bio-
chemical reaction inside the organelle that can be observed from the outside (e.g.,
by fluorescence microscopy), protection of the content from undesired interference
like proteases and inhibitors, and finally, lack of toxicity through choice of biocom-
patible materials. To test the cell-targeting properties of the ligand-functionalized
protein-containing vesicles (fPVs) and their ability to specifically deliver their con-
tent into the target cells, Broz and coworkers incubated fPVs with several cell types,
including fibroblasts, muscle cells, and hepatic endothelial cells. After 1 h of incu-
bation no cellular uptake of fPVs by any of these cell types was observed. However,
when incubated with THP-1 derived macrophages the fPVs were recognized and
taken up by approximately 30% of macrophages. The authors observed for the first
time that fPVs can also distribute to the Golgi and the endoplasmic reticulum.

The mechanisms behind the cell entry and release processes remain yet to be fully
understood, however, from practical point of view the platform offers the possibility
to target various cell receptors once appropriate ligands are attached to the vesicles.

10.3 Nanoreactors

Pioneering work in the incorporation of functional proteins into polymer bilayers
was performed by Meier et al., who integrated membrane proteins into “black”
block copolymer membranes [250]. This work proved that proteins could be in-
corporated into hyperthick triblock copolymer membranes while maintaining their
functionality as measured by membrane conductance. Incorporation of proteins in
“black” block copolymer films has been expanded for applications in sensors [251]
and protein driven energy transduction [252] across polymeric biomembranes.

Recently, it has been shown experimentally that diverse channel proteins and
enzymes can be inserted in polymer membranes and remain functional in such an ar-
tificial environment [253]. For example, the group of Meier prepared polymersome
nanoreactors based on PMOXA–PDMS–PMOXA triblock copolymers (Fig. 16).
In a series of experiments the authors demonstrated successful incorporation of the
channel protein OmpF [254, 255], encapsulation of β-lactamase [254, 256], nucleo-
side hydrolase [255] and horseradish peroxidase [257] and trypsin [249]. It should
be noted that functional nanoreactors can be achieved only by incorporation of
channel proteins such as OmpF to the polymersomes, which control the membrane
permeability by bringing substrates to the inside and transporting products to the
outside medium. In a similar way, a more sophisticated nanocontainer was realized
by incorporating the bacterial channel protein LamB that serves as a receptor for the
λ-phage virus. The λ-phage virus recognizes its receptor, binds to the polymersome
and injects its DNA through the channel to the inside of the vesicle [258]. To under-
stand better how membrane proteins can be incorporated into hyperthick polymer
membrane and maintain functionality, simulations using coarse-grained molecular
dynamics were performed [22]. Simulations suggested that polymer chain flexibility
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Fig. 16 a–d Schematic representation of polymer nanoreactors. a Cross section of triblock copoly-
mer vesicle. b Polymersome with encapsulated enzyme and membrane-embedded channel protein.
In the case described in the text, the substrate entering the vesicle is ampicillin, and the product
of the hydrolysis is ampicillinoic acid. c Polymersome with embedded ionophores allowing Ca2+

ions to enter the vesicle ere they react with phosphate ions to form calcium phosphate crystals.
d The LamB protein serves as a receptor to the l phage virus which can inject its DNA through
the channel into the polymersome [259]. Reproduced with permission of The Royal Society of
Chemistry

permits the integration of proteins with small membrane-spanning domains, but the
flexibility of the hydrophilic chains can partially block the functional pore of the
membrane protein, resulting in decreased functionality compared to when the pro-
teins are incorporated in more natural lipid membranes.

Two membrane proteins were used in polymer vesicles for ATP production. In
this very complex system, bacteriorhodopsin inserted in the polymer membranes
pumped protons from the outside to the inside of vesicles when illuminated by
light [260]. Next, those protons would turn on the ATP-ase (also inserted in the
membrane), and when ADP is present, ATP production could be monitored in so-
lution [261]. From the academic point of view, such platforms are excellent model
systems for understanding the protein function.

Principally, encapsulation of proteins within the aqueous lumen of polymersomes
can benefit from the extended circulation kinetics and controlled release properties
of polymersomes. Neutral diblock (PEO–PDB, PEO–PEE), charged triblock (PEO–
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PCL–PAA) as well as polyion complex vesicles showed the ability to encapsulate
large, globular proteins such as FITC-labeled bovine serum albumin (FITC–BSA),
myoglobin and hemoglobin [70, 116, 157, 262]. Because oxygen is capable of
diffusing across the polymersome membrane at rates similar to lipid bilayers, poly-
mersomes encapsulating hemoglobin have been shown to have oxygen affinities
similar to those of human RBCs [262]. Furthermore, encapsulation of enzymes into
polymer vesicles and controlled substrate permeability across polymeric membranes
were exploited by several groups for applications in biocatalysis [101, 107, 263]–
[266]. Encapsulation inside polymer vesicles can protect enzymes from harmful
environmental factors like proteases and improve long-term storage. For example,
Candida antarctica lipase B (CALB) was incorporated successfully in the bilayer
and in the aqueous core of polystyrene–polyisocianopeptide (PS–PIAT) polymer-
somes and showed activity in both environments [265].

Hubbel and coworkers designed PEG–PPS–PEG polymersomes loaded with
glucose oxidase [101]. PEG–PPS–PEG triblock copolymer is permeable to β-D-
glucose. Glucose oxidase converts β-D-glucose to β-D-gluconolactone, generating
hydrogen peroxide as a side product. The hydrogen peroxide produced diffuses
through the polymer membrane and oxidizes the hydrophobic PPS block, resulting
in vesicle destabilization. This concept for “self-destructing” polymeric vesicles is
attractive for medical application since mM concentrations of glucose are available
in the blood stream to trigger H2O2 release and low amounts of hydrogen peroxide
do not harm patients. The encapsulation of glucose oxidase significantly improved
its long-term storage in aqueous solution. A complex nanoreactor based on PS–PIAT
diblock copolymer has been prepared by Vriezema et al. [266]. In this nanoreactor,
a cascade reaction was sequentially catalyzed by three enzymes: glucose oxidase
encapsulated in the vesicular cavity, horseradish peroxidase inserted in the polymer
membrane and C. antarctica lipase B in the outside medium. The reaction turnover
was dependent on the positional assembly of the enzymes; thus a removal of any
enzyme from the system disturbed the cascade and no product could be obtained.

Polymer membranes have also been explored as scaffolds for bio-mineralization.
PMOXA–PDMS–PMOXA vesicles were loaded with phosphate anions. Alame-
thicin, an ion channel peptide reconstituted in the vesicle membrane, allowed for
cation (calcium) transport. After a certain incubation time, calcium phosphate crys-
tals were seen inside the vesicles (Fig. 17), while no crystallization occurred in the
outside medium [163].

Planar polymer films were recently mineralized with calcium phosphate [267].
Using the Langmuir monolayer technique, it was possible to control the particle
growth by the polymer film properties at the air–water interface and the subphase
parameters (pH, ion strength). Small changes it the growth conditions resulted in
various particle shapes and dimensions. Such examples of controlled biomimetic
mineralization are indeed very motivating for further studies of crystallization pro-
cesses in synthetic membranes.

Polymer vesicles are also suitable to transport and target imaging agents such
as fluorescent dyes and paramagnetic contrast agents. Hammer and coworkers
encapsulated porphyrin-based near-infrared (NIR) fluorophores into PBD–PEO
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Fig. 17 Schematic representation of ion-channel controlled precipitation of calcium phosphate in
block copolymer vesicles (middle drawing), and TEM micrographs (right drawing) of phosphate-
loaded PMOXA–PDMS–PMOXA triblock copolymer giant vesicles after 1 and 24 h of incubation
with CaCl2 solution in the presence of the ionophore; scale bar: 500 nm [163]. Reproduced with
permission of The Royal Society of Chemistry

block copolymer vesicles [268, 269]. High-loading capacity and direct injection of
NIR-emissive polymersomes permitted the in vivo visualization of tumors in rats.
Recently the same authors expanded their work to fully biodegradable emissive
nanoparticles based on PEO-b-PCL and PEO-b-PMCL [270]. Coupling of target-
ing moieties to NIR-emissive polymersomes might allow early detection of tumors
using noninvasive techniques. Lu et al. suggested a new approach to prepare fluores-
cent vesicles. They used polyacrylamide-b-poly(p-methacrylamido)acetophenone
thiosemicarbazone (PAM-b-PMATC) block copolymer as the hydrophobic PMATC
block has intrinsic fluorescence [271]. These fluorescent polymer vesicles could
be potentially used as drug carriers and fluorescent tracers to determine the drug
release behavior.

In the field of sensors, ion-binding block copolymers, which allow the forma-
tion of ‘functionalized’ vesicles, could be of special interest. Vesicles sensitive to
magnetic field were obtained from aqueous dispersion of hydrophobic iron ox-
ide nanoparticles and block copolymers of PGA and PBD [272]. Sachsenhofer
and coworkers reported on the embedding of hydrophobic gold nanoparticles into
PEO–PBD polymersomes [273]. Recently, polymer vesicles containing Ru(bpy)3

2+

units in the wall with a high potential for application in catalysis were intro-
duced [274].

11 Planar Polymer Membranes

Planar polymer films (either free-standing or at interfaces) are of particular inter-
est, not only because they are preferred in many applications, but also because
they allow for surface studies which could not be performed on vesicles. Langmuir
monolayers from a vesicle-forming amphiphilic triblock copolymer were studied
towards understanding the polymer interactions with a cation transporting pep-
tide, alamethicin [275]. Planar solid supported block copolymer membranes are
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attractive for engineering applications and for protein insertion in order to study
membrane transport or diffusion. So far, amphiphilic membranes organized on solid
surfaces are presented only in terms of grafted films. Recently researchers from
Meier’s group suggested a “grafting from” approach [185] to prepare amphiphilic
methacrylate-based diblock copolymer membranes covalently bound to gold sup-
ports. Furthermore, they demonstrated a “grafting to” approach to form solid-
supported amphiphilic ABA block copolymer membranes by fusion of charged
polymer vesicles [276]. These concepts could be employed for applications such
as sensor development, given the stability and robustness of the polymer self-
organized film.

In summary, we believe to have presented an overview of recent achievements
in the field of polymer membranes. Progress in the field is aroused by novel am-
phiphilic block copolymers, engineered transmembrane channel proteins, improved
analytical methods to characterize the systems, and computational studies that help
to understand polymer membrane properties.

Future research must focus on the design of tailor-made polymer membranes that
suit special needs and on the understanding of their behavior in the living organism
as well as of the exact mechanism of release. Various combinations of polymer-
somes with ligands, transmembrane proteins, receptors, and enzymes are needed to
increase the potential of these nanosystems. Without doubt, improved knowledge of
the nature of such formulations will offer a new paradigm towards their exploita-
tion in fields such as biocatalysis (i.e., enantioselective bioreactors), biomedicine
(i.e., imaging, medical therapy) and material science (biosensors). Certainly, more
efforts have to be dedicated to cutting down production expenses and scaling-up
the polymersome’s production since those are important prerequisites that render
polymersomes attractive for industrial applications.
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Biohybrid and Peptide-Based Polymer Vesicles

Annabelle Bertin, Florian Hermes, and Helmut Schlaad

Abstract This review covers the major processes and mechanisms involved in
the production of biohybrid or peptide-based polymer vesicles by self-assembly.
The formation of vesicles conventionally occurs based on geometric packing is-
sues, and becomes predominant when the membrane-forming segment is stiffened
due to hydrogen bonding and secondary structure interactions or supramolecular
complexation. The vesicles are used for applications in life science, for the pur-
pose of drug/gene delivery, cell surface recognition, and as bioreactors, and for the
production of composite materials.

Keywords Aggregation, Biohybrid, Biomembrane, Block copolymer, Colloid,
Glycopolymer, Polypeptide, Secondary structure, Self-assembly, Vesicle
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List of Abbreviations

Ala, A Alanine
Arg, R Arginine
Asp, D Aspartic acid
AspA Aspartamide
Bzl, B Benzyl
CD Circular dichroism
Cys, C Cysteine
DFM Dark-field microscopy
DIC Differential interference contrast
DLS Dynamic light scattering
DMF N,N-Dimethylformamide
DNA Desoxyribonucleic acid
EYPG Egg yolk phosphatidyl glycerol
FM Fluorescence microscopy
FTIC Fluoresceine isothiocyanate
Glc Glucose
Gln, Q Glutamine
Glu, E Glutamic acid
IR Infrared
Lac Lactose
LCST Lower critical solution temperature
Leu, L Leucine
LSCM Laser scanning confocal microscopy
Lys, K Lysine
Mb Myoglobin
Me, M Methyl
MRI Magnetic resonance imaging
NMR Nuclear magnetic resonance
OM Optical microscopy
PB Polybutadiene
PDEGMA Poly(diethyleneglycol methacrylate)
PEG, PEO Poly(ethylene glycol), poly(ethylene oxide)
PELLys Poly(Nε-[2-(2-(methoxyethoxy)ethoxy)]acetyl-L-lysine)
PGEA Poly(2-(β-D-glucopyranosyloxy)ethyl acrylate)
PGEMA Poly(2-glucosyloxyethyl methacrylate)
Phe, F Phenylalanine
PHPMA Poly(N-(2-hydroxypropyl)methacrylamide)
PIAA Polyisocyanodipeptide
PIC Polyion complex
PMMA Poly(methyl methacrylate)
PNIPAM Poly(N-isopropylacrylamide)
PS Polystyrene
Rg Radius of gyration
Rh Hydrodynamic radius
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SANS Small-angle neutron scattering
SAXS Small-angle X-ray scattering
SEM Scanning electron microscopy
SFM Scanning force microscopy
SLS Static light scattering
TEM Transmission electron microscopy
THF Tetrahydrofuran
Z Benzyloxycarbonyl

1 Introduction

A vesicle (from the Latin “vesicula,” small bubble) is a colloidal object, often
spherical in shape and up to hundreds of micrometers in size, enclosing a vol-
ume with a thin membrane. The most prominent example of a biological vesicle
is a living cell with a membrane built of phospholipid amphiphiles. Vesicles can
also be formed from synthetic block copolymers, also referred to as “polymer-
somes,” with better performance than phospholipid vesicles and adjustable prop-
erties including stability, fluidity, and dynamics [1–4]. Biohybrid polymer vesicles
(“molecular chimeras” [5]) may inherit the advantageous features of both synthetic
polymers (solubility, processability, and rubber elasticity) and biological poly-
mers (secondary structure, chirality, functionality, and biocompatibility), making
them interesting as mimetics for biomembranes [6] and particularly for biomedical
applications [7, 8].

The scope of the present review is to summarize recent work, published up un-
til June 2008, on this promising field of peptide- and sugar-based polymer vesicles
(for reviews on the self-assembly of low-molecular weight amphiphiles, see [9,10]).
There was a particular concern to give a comprehensive description of the strategies
and mechanisms involved in the production of vesicles by self-assembly. Yet the
number of applications of bioinspired polymer vesicles is rather small, mainly fo-
cusing on drug delivery/release and the fabrication of primitive composite materials,
which might be due to the restricted availability of biohybrid polymers (although
peptide hybrid polymers are known for more than 30 years [11]). However, regard-
ing the recent advances in synthetic polymer chemistry, especially in the synthesis
of glycopolymers [12, 13], biohybrids will certainly gain greater importance not
only for biomedical and pharmaceutical applications but also for materials science,
biomineralization, and so on.

Besides the self-assembled polymer vesicles there are other types of membranes
or capsules, which will not be mentioned here. Commercial membranes based on
cellulose include dialysis bags or filter paper, to mention just the most common and
widely spread examples [14]. Capsules made with sophistication through layer-by-
layer assembly on sacrificial templates [15, 16] or using viruses as building blocks
[17, 18] have recently been reviewed elsewhere.
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2 Vesicle Formation

Conventionally, the self-assembly of block copolymers in aqueous environment is
driven by the hydrophobic effect, which involves the dehydration (release of water
molecules) and subsequently the aggregation of the hydrophobic chains in order to
minimize contact with water. In terms of thermodynamics, the aggregation of am-
phiphiles occurs because of the entropic contributions to the free energy. Vesicles or
bilayers arise when the value of the geometric packing parameter of the amphiphile
is in the range of 0.5 ≤ ν/al ≤ 1 (ν: volume of the hydrophobic part, a: interfacial
area, l: chain length normal to the interface) or the spontaneous interfacial curvature
of the amphiphile approaches zero [3], which is usually fulfilled when the weight
fraction of hydrophobic moieties is larger than that of the hydrophilic moieties [1,2].
Those biohybrid polymers forming vesicles based on geometric packing issues are
described in Sect. 2.1.

The formation of layered structures or vesicles becomes the predominant aggre-
gation motif when the segment forming the membrane exhibits decreased flexibility
or increased stiffness [3, 10]. Factors leading to a stiffening of the chain confor-
mation include, among others, the occurrence of intramolecular and/or intermolec-
ular hydrogen bonding and secondary structure interactions. Especially α-helical
polypeptide chains assemble into layers with a high stiffness or bending modu-
lus, due to the packing of into an ordered 2D (crystalline) array, as documented
in Sect. 2.2.

A third approach towards the production of vesicles involves complementary
supramolecular complexation, for instance by mixing oppositely charged block
ionomers or by cofactor–enzyme interactions – two examples are presented in
Sect. 2.3.

2.1 Packing Parameter and Interfacial Curvature

Linear polypeptide block copolymers, block copolymers with pendent sugar or
peptide grafts, and modified linear or dendritic homopolymers have been used to
produce vesicles based on hydrophobic interactions and packing issues. Usually,
the peptides or sugars make the minority hydrophilic part of the copolymers and are
thus incorporated in the corona and not in the membrane of the vesicles. For the
inverse case, the hydrophobic peptides in the membrane are often too short to adopt
a stable secondary structure.

2.1.1 Linear Block Copolymers

The linear polypeptide hybrid block copolymers and block copolypeptides reported
to form vesicles in aqueous solution are listed in Fig. 1.
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Fig. 1 a–d Chemical structures of linear peptide block copolymers a 1,2-Polybutadiene-block-
poly(L-glutamate) (PB-b-PLGlu). b Polybutadiene-block-poly(L-lysine) (PB-b-PLLys). c Poly
(L-glutamate)-block-poly(L-lysine) (PLGlu-b-PLLys). d Poly(methyl methacrylate)-block-
peptide-block-poly(methyl methacrylate) (PMMA-b-peptide-b-PMMA)

The aggregation behavior of PB-b-PLGlu (Fig. 1a) in aqueous solution was in-
vestigated by Schlaad et al. [19] and Lecommandoux et al. [20] using DLS, SLS,
SANS, and TEM. Samples containing 17–54 mol% glutamate were found to form
unilamellar vesicles (“peptosomes”) being 100–180 nm in diameter. Unexpectedly,
however, vesicles were also observed for a PB-b-PLGlu with a very high hydrophilic
content of 71 mol% [21].

Changing the pH of the solution affected not only the degree of ionization but
also the secondary structure of the polypeptide coronal chains. The coil-to-helix
transition was found to happen at about pH 6 (CD spectroscopy). DLS and SANS
showed that neither the shape nor the morphology of aggregates were severely al-
tered by pH. Vesicles were shrinking in size by 20% or less when switching from
acidic to basic environment. Although brought into discussion [21], there is no ev-
idence for a direct correlation between the hydrodynamic size of vesicles and the
molecular dimension of polypeptide chains.

The pH-responsiveness of vesicles of PB165−PLLys88 (Fig. 1b) in dilute saline
solution was studied in further detail by Sigel and Schlaad et al. using CD spec-
troscopy and a combined DLS/SLS analysis [22]. Vesicles were observed if the
polypeptide segment was in a 100% coil conformation (pH 7.0) or in an 80%
α-helical conformation (pH 10.3). Increasing pH and thus changing the conforma-
tion and degree of ionization of PLLys corona chains caused a large shrinkage of
the aggregates by ∼40% (Rh : 364 → 215nm). The change in size exceeds by far
the contour length of the polypeptide chain in an all-trans conformation (∼30nm);
hence, the secondary structure can only be a minor factor determining vesicle size.
Parallel to the decrease in size, the packing density of chains increased by 75% and
the inter-chain distance at the core–corona interface decreases (b : 3.2 → 2.4nm,
assuming unilamellar bilayered membrane of vesicles). The size of aggregates is
directly connected to the packing density of chains and is thus determined by the
colloid stabilization properties of the PLLys chains (Fig. 2).
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Fig. 2 Tentative structures of the bi-layered membrane of PB165-b-PLLys88 vesicles at different
pH; b denotes the average distance of chains at the core–corona interface. Reprinted with permis-
sion from [22], copyright (2007) American Chemical Society

Very similar observations were made by Savin et al. [23] for vesicles of PB107 −
PLLys27 (Fig. 1b), which decreased in size from Rh ∼ 90nm (low pH) to 70 nm
(high pH) sharply at pH 5. Also here, the change in size of vesicles exceeded the
maximum possible difference in contour length of PLLys27 all-trans and α-helical
chains. Interestingly, stable vesicles were obtained at high pH (10.9) and high tem-
perature (57 ◦C) when PLLys corona underwent a secondary structure transition
from α-helices to β-sheets (CD). The size of vesicles increased from Rh ∼ 70nm
(low T ) to 140 nm (high T ) owing to a relief of interfacial curvature. Another pos-
sible explanation could be a “flattening” of the interface due to the intermolecular
hydrogen bonds in the polypeptide corona.

Zwitterionic PLGlu15-b-PLLys15 in water (Fig. 1c) can self-assemble into unil-
amellar vesicles with a hydrodynamic radius of greater than 100 nm (SANS), as
shown by Rodrı́guez-Hernández and Lecommandoux [24]. A change of the pH from
3 to 12 induced an inversion of the structure of the membrane (NMR) and was ac-
companied by an increase of the size of vesicles from 110 to 175 nm (DLS). Whether
the formation of vesicles was controlled by a secondary structure effect or simply by
copolymer composition (geometry) remains an open question. Spectroscopic data
supporting an α-helical conformation of the polypeptide in the hydrophobic part
of the membrane, as speculated by the authors, were not provided. It appears that,
however, the peptide segments could be too short to form a stable α-helix.
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Fig. 3 Left: transmission electron micrograph of PMMA-b-peptide-b-PMMA vesicles (platinum
shadowed) prepared by suspension of the triblock copolymer in THF, addition of water, and sub-
sequent removal of THF. Right: illustration of the structure of vesicles. Reprinted with permission
from [25], copyright (2005) Wiley Periodicals

A hybrid triblock copolymer (Fig. 1d) with a well-defined hydrophilic peptide
sequence, known to form β-hairpins, flanked by two hydrophobic PMMA was pre-
pared by van Hest et al. (by combination of solid phase synthesis and atom transfer
radical polymerization) [25]. Upon suspension of the polymer in a mixture of THF
and water, followed by the removal of THF, spherical aggregates (hollow or not)
were formed. By different electron microscopy techniques (TEM, SEM, cryo-SEM),
it was determined that these aggregates were polymer vesicles coexisting with large
compound micelles (diameters ranging from 100 to 300 nm according to TEM and
from 500 nm up to 10μm according to cryo-SEM, Fig. 3) and were caused by phase
separation of the hydrophilic peptide and the hydrophobic PMMA block. The ex-
pected β-hairpin formation was not observed for this peptide sequence when the
polymer assembled into vesicular structures (IR spectroscopy). The authors sug-
gested that PMMA tails aggregated within the vesicle wall thus preventing the
creation of hydrogen bonds within the loop or that the aggregation occurred too
rapidly, trapping the peptide in a random coil structure.

2.1.2 Graft Block Copolymers

Apart from block copolymers consisting of main-chain polypeptides (or polysaccha-
rides), there are a couple of examples of vesicle-forming polymers carrying pendant
bioorganic units. The functionalities attached as side-chains include dipeptides and
sugars; see Fig. 4.

Polystyrene-block-poly(isocyanodipeptide)s PS40-b-PIAA10 (AA = L-alanine–
L-alanine-COO−Na+) (Fig. 4a), introduced by Nolte et al. [26], were found to form
bilayered vesicles in aqueous sodium acetate buffer solution at pH 5.6. The vesicles
observed had diameters ranging from tens to hundreds of nanometers and a bilayer
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thickness of 16 nm. In addition, electrostatic interactions and a hydrogen bonding
network between amino acids led to hierarchical superstructures such as bilayer
filaments or superhelices, which could reach the length of several micrometers.

Geng and Schlaad et al. [27] (Fig. 4b) reported on the self-assembly of hy-
brid amphiphiles consisting of L-cysteine–L-phenylalanine dipeptide grafts attached
to the PB block of PB25-b-PEO75. The precursor PB25-b-PEO75 (wEO = 0.70) at
0.1 wt% in water formed small spherical micelles with a hydrodynamic diame-
ter of 45 nm (DLS and cryo-TEM), which with the attachment of the dipeptide
(wEO = 0.43) turned into giant vesicles of 2–5μm in diameter (visualized by FM)
(Fig. 5). The presence of the hydrophobic dipeptide decreased the weight fraction
of hydrophilic EO units (wEO) and thus shifted the morphology towards one with a
lower curvature.

Glucose-grafted PB85-b-PS351 (Fig. 4c) were found to self assemble into vesicles
or “glycosomes” in organic and aqueous media [28]. In aqueous media, the vesicles
measured about 240 nm in diameter (apparent value measured by DLS) and should
be built of a polystyrene bilayered membrane and a glucose corona. However, the
true structure of the vesicle membrane is not known yet.
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Fig. 5 Visualization of the self-assemblies of PB25-b-PEO75 (left: cryogenic transmission electron
micrograph) and of the corresponding dipeptide-grafted hybrid (right: fluorescence micrograph) in
water [27]

Li et al. [29, 30] synthesized by ATRP a series of well-defined amphiphilic
block copolymers consisting of hydrophobic PS and hydrophilic poly(2-(β-D-
glucopyranosyloxy)ethyl acrylate) (PGEA) blocks (Fig. 4d). Molecular assemblies
were prepared by first dissolving the copolymer in a common solvent (DMF, THF,
dioxane, and their mixtures), followed by addition of water to “freeze” the PS
block. Depending on the composition of the copolymer and of the solvent mixture,
a variety of different morphologies could be observed including micelles, vesicles,
hollow tubules, porous spheres, and large compound vesicles (clusters). The vesic-
ular structures were usually polydisperse in size (diameter: 70–350 nm), and the
membrane measured about 20–25 nm across.

Pasparakis and Alexander [31] applied controlled radical polymerization tech-
niques (ATRP and RAFT) to synthesize two block copolymers based on the highly
hydrophilic poly(2-glucosyloxyethyl methacrylate) (PGEMA) and the thermore-
sponsive poly(diethyleneglycolmethacrylate) (PDEGMA; LCST at 28 ◦C) (Fig. 4e).
As indicated by DLS and SEM, in dilute aqueous solution, the polymers assembled
into vesicles with mean diameters of approximately 250 nm (polymer containing
15 wt% Glc) and 500 nm (34 wt% Glc) at 20 ◦C (Fig. 6). Actually, one would have
expected that the less hydrophilic polymer formed the larger vesicles with lower
curvature [27]. Above the LCST of PDEGMA, at 37 ◦C, the size of the vesicles
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Fig. 6 Top: Self-assembly and thermal response of PGEMA-b-PDEGMA vesicles in aqueous
solution. Bottom, left: Scanning electron micrograph of collapsed glycopolymer (15 wt% Glc) vesi-
cles. Bottom, right: Optical micrograph of an 0.3 wt% aqueous solution of glycopolymer (34 wt%
Glc) vesicles. Reprinted with permission from [31], copyright (2008) Wiley

decreased to 180 and 300 nm, respectively, which was attributed to the increased
hydrophobicity and collapse of the PDEGMA blocks. More detailed information on
the structure of vesicles is not provided (see illustration in Fig. 6).

In aqueous solution, symmetric triblock copolymers with a middle poly(2-
acryloyloxyethyl lactoside) block and two outer polypeptide blocks (either
poly(L-alanine) [32,33] or poly(γ-benzyl-L-glutamate) [32,33]) (Fig. 4f) formed ag-
gregates being spherical in shape and 200–700 nm in diameter (TEM). TEM further
revealed a compact structure of the aggregates like for multilamellar vesicles. The
dimension of the particles, however, was decreasing with increasing concentration
of the copolymer. Chaikof and Dong et al. discussed a combination of hydrophobic
interactions and highly cooperative intramolecular and intermolecular hydrogen
bonding as the driving force for the association of these glycopolymers in water.

2.1.3 Homopolymer Amphiphiles

A number of vesicle-forming biohybrid amphiphiles based on either hydrophilically
or hydrophobically modified polymers have very recently been described – see the
chemical structures in Fig. 7.
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Fig. 7 a–g Chemical structures of biohybrid homopolymer amphiphiles. a L-Cysteine-grafted
polybutadiene. b Glycosylated polybutadiene. c Glycosylated poly(2-oxazoline). d N,N-Dialkyl
chitosan. e Amphiphilic poly(L-lysine). f PEGylated poly(Z-L-lysine). g Lipid-lysine dendron

Schlaad et al. [34] produced a biohybrid polymeric amphiphile by free-radical
addition of an L-cysteine derivative onto a 1,2-PB with 40 repeat units (Fig. 7a).
The zwitterionic polymer could be dispersed into very acidic (pH < 2.3) or basic
(pH>9) aqueous solutions under the formation of vesicles. As shown by DLS and
SAXS in solution, the vesicles were about 250 nm in diameter and had a multilamel-
lar structure with a lamellar spacing of about 7 nm.

PB40 and PB337 were glycosylated with thio-glucose (Fig. 7b) and used for the
production of glucose-based vesicles or “glycosomes” [34, 35]. Both glycopoly-
mers self-assembled in water into large unilamellar vesicles having a hydrodynamic
radius of Rh ≈ 260–280nm and a less than 4 nm-thick (bilayered) membrane, as sug-
gested by DLS/SLS, SAXS and TEM (Fig. 8). Due to the softness of the particles,
neither the mass coverage of the vesicle shell nor the thickness of the membrane
could be precisely determined. Interestingly, the two SAXS curves exhibited a vesi-
cle form factor minimum at the same scattering vector, s = 0.4nm−1. The thickness
of the membrane is thus not affected by the length of the PB chain, suggesting that
the chains are oriented parallel to the interface. That is why a very thin polymer
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Fig. 8 Left: SAXS curves measured for 10 wt% aqueous solutions of glucose-grafted PB40
(curve A) and PB337 (curve B); inset shows cryo-TEM image of vesicles as formed in a 0.5 wt%
solution of glucose-grafted PB40 (stained with OsO4). Right: Schematic illustration of the structure
of vesicles with a bilayered membrane (glucose units are represented as hexagons) [34, 35]

membrane of less than 4 nm can be formed, as thin as the membrane of a liposome.
Another consequence of the “comb-shaped” structure of chains and the parallel ori-
entation in the membrane is that vesicles are formed despite of the high weight
fraction of hydrophilic glucose units (whydro ∼ 55%); phospholipids are usually
much less hydrophilic, and block copolymers of such composition would have as-
sembled into spherical or worm-like micelles [2].

Likewise, a glycosylated polyoxazoline or glycopolyamide homopolymer
(Fig. 7c) formed spherical vesicles being about 60 nm in diameter (SEM). Fur-
ther details concerning the structure membrane have not been provided. It is further
noteworthy that the vesicle coexisted with hollow nanotubes [36].

Li et al. [37] described a series of N,N-dialkyl chitosans (alkyl = octyl, decyl,
and dodecyl) (Fig. 7d), which in neutral water formed stable bilayered vesicles hav-
ing hydrodynamic diameters in the range of 100–200 nm (DLS). It was found that
the size of vesicles increased with increasing molecular weight of the hydrophilic
chitosan backbone and/or increasing length of the hydrophobic alkyl side chains,
which was attributed to a more compact structure of the membrane.

A new polymeric amphiphile based on cationic poly(L-lysine), which was par-
tially modified with hydrophobic palmitoyl chains and hydrophilic neutral methoxy-
poly(ethylene glycol) (Fig. 7e), was introduced by Uchegbu et al. [38, 39]. In water
in the presence of cholesterol, these copolymers assembled into vesicles with di-
ameters ranging from 200 to 600 nm (DLS, freeze-fracture TEM), depending on the
chemical composition of the copolymer and the length of the polypeptide backbone.
More detailed information about the secondary structure of chains and the structure
of vesicle membranes were not given.
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Fig. 9 Left: Transition electron micrograph of lipid-lysine dendron vesicles with a 6–10 nm thick
membrane. Right: Illustration of the structure of the bilayered membrane. Reprinted with permis-
sion from [41], copyright (2003) Elsevier Science

Poly(Z-L-lysine)-based amphiphiles with 6–60 repeat units using diethylene gly-
col bis(3-amino propyl) ether as a bifunctional initiator (Fig. 7f) were synthesized
by Jing et al. [40]. By dialysis from DMF into water, vesicles with hydrodynamic
radii ranging from 40 to 160 nm (DLS), respectively 70 to 280 nm (TEM), were
obtained. As expected, vesicle size increased with increasing molecular weight or
hydrophobic fraction of PZLLys. The rather small size of the vesicle indicates that
there is no major contribution from hydrogen bonding interactions or from the sec-
ondary structure.

Based on geometric considerations, amphiphiles consisting of a hyperbranched
or dendritic hydrophilic part are not expected to assemble into vesicular aggregates
in aqueous solution. However, Florence et al. [41, 42] reported that a lipid-lysine
dendron (a lysine dendron made by solid-phase synthesis and subsequently hy-
drophobically modified by lipids) (Fig. 7g) can well produce small vesicles or
“dendrisomes.” These vesicles exhibited an average diameter of (311± 8)nm and
a thickness of the membrane of 6–10 nm. Based on calculated dimensions, the au-
thors postulate the formation of bilayer structures with the hydrophilic polylysine
head groups directed towards the aqueous phase and the hydrophobic alkyl chains
associating with the hydrophobic regions of neighboring dendrons (Fig. 9).

2.2 Hydrogen Bonding and Secondary Structure Interactions

Hydrogen bonding and secondary interactions may not be the origin of aggregation
of block copolymers but can cause deviations from the “expected” phase behavior.
An asymmetric block copolymer consisting of a minor polypeptide fraction may
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assemble into vesicles, although the composition of the sample would suggest the
formation of micelles. Evidently, vesicles are preferred for block copolymers with
α-helical polypeptide chains whereas tape-like structures or fibrils are produced by
β -sheet forming polypeptides [43, 44]. However, vesicles with other than polypep-
tide membranes have not been described yet (with one exception, see below). The
polypeptide block copolymers reported to form vesicles through secondary structure
interactions are shown in Fig. 10.
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2.2.1 Hybrid Block Copolymers

The aggregation behavior of PEO-b-PMLGlu (Fig. 10a) and Lac-PEO-b-PMLGlu
in water (Lac = lactose, Fig. 10b) was studied by Yonese et al. [45]. As indicated by
DLS, the block copolymers was formed of large aggregates with a hydrodynamic
radius of about 250 nm, supposedly vesicles. Key in the aggregation behavior might
be the association of α-helical poly(γ-methyl-L-glutamate) segments, as evidenced
by CD spectroscopy, promoting the formation of plane bilayers which then close
into vesicles. Further systematic study on this system and detailed analysis of struc-
tures are lacking. The lactose units were recognized by RCA120 lectin, indicating
that they are located on the surface of the glycopolymer aggregate.

Closely related to this system are the PBLGlu-based block copolymers with a
second PEO (Fig. 10a) or PNIPAM (Fig. 10c) block described by Cho et al. [46,47].
The aqueous polymer solutions, prepared by the dialysis of organic solutions against
water, contained large spherical aggregates (Rh > 200nm) with a broad size distri-
bution (DLS). Although the size suggested a vesicular structure of the aggregate, the
aggregation number was just about 100 (way of determination not specified); how-
ever, values of aggregation numbers of polymer vesicles are typically in the order of
several thousands [1]. It is also noteworthy that the PNIPAM chains exhibit LCST
behavior. Raising the temperature to the LCST (∼34 ◦C) had no serious impact on
the size of aggregates, which, however, could be a matter of the “frozen” state of the
PBLGlu core.

Schlaad et al. [48] demonstrated that PS258-b-PZLLys57 (Fig. 10d) with a rather
low content of peptide (18 mol%) can assemble into vesicles and bilayers in dilute
CCl4 solution. The vesicles were about 300–600 nm in diameter (SEM). The prefer-
ence for a lamellar structure was attributed to the stiffening of the PZLLys core by
the 2D-arrangement of crystallizable α-helices.

Likewise, the dissolution of a glucose-grafted PB85-b-PS351 (17 wt% glucose,
Fig. 4c) into THF resulted in the formation of vesicles (Rh ∼ 250nm, DLS) with a
membrane measuring about 15 nm across (TEM) [28]. The membrane is thought to
be built of hydrogen-bridged glucose units.

Vesicles were also observed for PB48-b-PLGlu20 in THF and in CH2Cl2 organic
solutions (Rh = 106–108nm, DLS/SLS) [20]. The formation of vesicles rather than
micelles was attributed to the α-helical secondary structure of the insoluble PLGlu.
However, experimental proof for the presence of any α-helices in the membrane was
not given.

2.2.2 Block Copolypeptides

Deming et al. [49, 50] synthesized a series of cysteine–lysine diblock copolypep-
tides (Fig. 10f) in order to direct the self assembly of silica and gold nanoparticles.
Dynamic light scattering measurements of PLCys30-b-PLLys200 in aqueous solu-
tion (under nitrogen atmosphere) showed that this polymer self-assembled into large
vesicular aggregates of about 600 nm in diameter. A feature of the cysteine residues
is their ability to form covalent disulfide bonds as inter- and intrachain crosslinks
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Fig. 11 Schematic drawing showing the self-assembly of PLLys60-b-PLLeu20 into vesicles.
Reprinted with permission from [51], copyright (2005) American Chemical Society

upon oxidation of the thiol groups for instance in air. The formation of such disulfide
crosslinks was evident from the high viscosity exhibited by this sample upon expo-
sure to water. Dynamic light scattering measurements showed that upon oxidation
the block copolymer vesicles increased in size by a factor of two (diameter: 1.3μm).

Further studies involved the aqueous self-assembly of a series of poly(L-lysine)-
block-poly(L-leucine) copolymers (PLLys-b-PLLeu, Fig. 10g) [51]. The PLLys
segments are highly charged cationic polyelectrolytes at neutral pH and dissolve
readily in water; the hydrophobic PLLeu segments can adopt α-helical conforma-
tions if the length of the block is sufficiently long. PLLys60-b-PLLeu20 formed giant
unilamellar vesicles (Fig. 11) being 1–3μm in diameter (as observed by TEM, DIC,
and LSCM), which can be explained with the intermembrane repulsion between
highly charged chains. Importantly, only those samples with predominantly helical
hydrophobes were forming vesicles. The vesicular self-assembly shows dynamic
properties, indicating a high degree of membrane fluidity (TEM). This characteris-
tic provides stimuli-responsive properties to the vesicles and allows fine adjustment
of vesicle size using liposomes-based extrusion techniques.

Nonionic block copolypeptides made of PEGylated L-lysine and L-leucine
residues, PELLys-b-PLLeu (Fig. 10h) have also been described [52]. The copoly-
mers adopted a rod-like conformation, due to the strong tendency of both segments
to form α-helices (CD spectroscopy), and produced a variety of self-assembled
structures in aqueous solution. Micrometer vesicles and sheet-like membranes
could be obtained for copolymers with fractions of the hydrophobic leucine ranging
from 10 to 30 mol%. Conventional uncharged block copolymers of this composi-
tion would be expected to form spherical or cylindrical micelles. The assembly into
bilayers was related to a secondary structure effect, as illustrated in Fig. 12. Accord-
ingly, samples with the same composition but nonhelical chain conformation (CD),
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Fig. 12 Illustration of the packing of α-helical PELLys-b-PLLeu copolymer chains in the vesicle
wall. Reprinted with permission from [52], copyright (2004) Macmillan

prepared by polymerization of racemic monomers, were not found to form giant
vesicles. It is further noteworthy that the vesicles gained pH-responsiveness when
L-leucine residues in the hydrophobic part were statistically substituted by L-lysine.
Acidification of the solution resulted in a protonation of the amine functionalities
and the near-instantaneous disruption of the vesicle membrane.

Poly(L-arginine)60-block-poly(L-leucine)20 (PLArg-b-PLLeu, Fig. 10g) showed
similar physical properties as PLLys60-b-PLLeu20 and also formed micrometer-
sized vesicles in aqueous solution. These vesicles were able to entrap water-soluble
species, such as dextran, and could be extruded through polycarbonate filters to yield
stable, low-polydispersity vesicles of controllable diameter down to 50 nm [53].

Iatrou and Hadjichristidis et al. [54] reported on amphiphilic triblock copolypep-
tides based on two poly(L-lysine hydrochloride) outer blocks and an (once bro-
ken) α-helical poly(γ-benzyl-d7-L-glutamate) middle block (Fig. 10i). All samples,
which had similar molecular weights with varying contents of PBLGlu (19–74%),
formed vesicles with Rg ≈ Rh = 130–145nm (SLS/DLS) in water at neutral pH
at 25 ◦C. Further evidence for the existence of vesicles was provided by SANS,
cryo-TEM, SEM, and SFM. Owing to the architecture of the copolypeptide, it
was proposed that the membrane had a monolayered structure. The robustness and
compactness of the membrane increased with increasing fraction of PBLGlu, as
supported by SANS and SFM. Interestingly, the size of vesicles could be triggered
by changing pH and/or temperature. Samples initially measured at pH 7.4 were
brought to pH 11.7 (PLLys: random coil → α-helix, CD spectroscopy), resulting in
a shrinkage of the vesicles (Rh ∼ 140 → 100nm) without noticeable change in the
aggregation numbers (DLS/SLS). Since the PBLGlu block is not sensitive to any
change of pH or temperature (CD), the changes in size of vesicles were attributed to
the reduced molecular dimensions of the PLLys block (extended coil vs α-helix, see
Fig. 13). Annealing of the solution at 37 ◦C for 4 h resulted in the formation of larger
vesicles (Rh ∼ 100 → 140nm), similar or slightly larger than the vesicles detected
at pH 7.4 at 25 ◦C. The dimension of the vesicles was rationalized by the transition
of the PLLys chains from α-helix to β-sheet (CD), as illustrated in Fig. 13.
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Fig. 13 Schematic representation of PLLys-b-PBLGlu-b-PLLys vesicles and the influence of the
pH and temperature on the dimensions of the PBLGlu monolayer and vesicle size. Reprinted with
permission from [54], copyright (2007) American Chemical Society

Jing et al. [55] and Shantz et al. [56] studied the aggregation behavior of cat-
ionic poly(L-lysine)-block-poly(L-phenylalanine) copolypeptides (PLLys-b-PLPhe,
Fig. 10j) in aqueous solution. The polymers consisted of 4–15 phenylalanine re-
peat units with a hydrophobic mole fraction ranging from 8 to 25% (one sample
contained 50 mol% PPhe with 23 units) and were found to assemble into large
vesicles with diameters of 1–6μm (SFM) [55] or 100–400 nm (DLS) [56]. Evi-
dence for the existence of vesicles came from SFM (samples spin-coated on silicon
wafers) or from TEM (silica replica), respectively. The formation of vesicles from
these nonsymmetric copolymers is surprising (see above) and has been explained
by hydrogen bonding interactions between the PPhe chains and by the secondary
structure, but without providing any experimental evidence [55]. Speaking against
a secondary structure effect is, however, that copolymer samples with a racemic
poly(DL-phenylalanine) block also assembled into vesicles [56]. Another unex-
pected observation was that the vesicles increased in size with increasing length of
the block copolymer chains and increasing Lys/Phe ratio. After all, the mechanism
of PLLys-b-PLPhe vesicle formation needs to be clarified.

2.3 Supramolecular Complexation

Two supramolecular biohybrid block copolymer systems forming vesicles in aque-
ous solution have been described in the literature (Fig. 14).

Kataoka et al. [57, 58] investigated the formation of polyion complexes (PIC)
from a pair of oppositely charged polypeptide block copolymers, namely of an-
ionic poly(ethylene oxide)-block-poly(α,β-aspartate) and cationic poly(ethylene
oxide)-block-poly([2-aminoalkyl]-α,β-aspartamide) (see structure in Fig. 14a), in
an aqueous milieu. Mixing of the double-hydrophilic copolymers at an equimolar
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ratio of charged units at pH 7.4 resulted in the formation of hollow spherical parti-
cles or vesicles being up to 10μm in diameter, as indicated by dark-field microscopy
(DFM). The optimized ratio of charged segments relative to the PEO segments led to
the formation of the vesicles (referred to as “PICsomes”) rather than micelles [59].
Interestingly, the size of the vesicles decreased significantly to <1μm when the
alkyl spacer in the cationic segment consisted of two instead of five methylene units,
which was attributed to the flexibility of the PIC membrane. The hydrophobic PIC
membrane was not only flexible but also exhibited semipermeable character, which
is amazing considering that a polyion complex should be a highly cross-linked phys-
ical network.

Nolte et al. [60, 61] introduced a route towards giant amphiphiles by cofactor
reconstitution. A synthetic polymer, polystyrene or poly(ethylene oxide)-block-
polystyrene, was first functionalized with a heme cofactor, protoporphyrin IX
(PPIXZn), and subsequently reconstituted with an apo protein, myoglobin or horse
radish peroxidase (HRP) (see Fig. 14b and Fig. 15). The PEO133-b-PS48 precursor
formed small spherical micelles in water (Fig. 15); the solution was prepared by
injection of the polymer in THF into water. After the reconstitution with the hy-
drophilic apo-HRP, the triblock biohybrid sample PEO113-b-PS48-b-HRP assembled
into submicron vesicles with broad size distribution. The hydrophobic membrane
is built by the polystyrene middle block and is stabilized by poly(ethylene oxide)
chains and protein. Whether the membrane has a mono- or a bilayered structure and
whether the PEO and HRP are segregated or mixed in the corona is not know yet.
Also, the opposite of what would be expected, increasing the hydrophilic fraction
in a block copolymer (by attachment of protein) led to the formation of aggregates
with a lower curvature.

It is further noteworthy that a large variety of other aggregate structures (micellar
rods, toroids, etc.) could be produced depending on the protein and the composition
of the precursor block copolymer.
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Fig. 15 Top: formation of a giant amphiphile from a synthetic polymer reconstituted with a
heme cofactor and horse radish peroxididase (HRB). Bottom: transmission electron micrographs of
PEO113-b-PS48 micelles (left) and PEO113-b-PS48-HRP vesicles (right) formed in water. Reprinted
with permission from [60], copyright (2007) American Chemical Society

3 Applications

Some of the sugar- and peptide-based vesicles described in the previous chapter have
been used for very few applications in the field of life science (as carriers for drug,
genes, etc. or as bioreactors) and for the fabrication of organic/inorganic composite
materials (encapsulation of inorganic nanoparticles).

3.1 Life Science

Low-molar mass lipids have been known for more than 30 years for their ability
to self-assemble into vesicles or liposomes, however, with limited overall stability.
Polymer membranes, on the other hand, are almost one order of magnitude tougher
and at least 10 times less permeable to water than common phospholipids bilayers,
due to the increased length and conformational freedom of polymer chains com-
pared to lipids [1]. Biohybrid polymer vesicles combine the toughness of polymers
and the biocompatibility of peptides or sugars, making them promising candidates
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for biomembrane formation with improved drug delivery properties. The use of
polymer vesicles for drug delivery and gene therapy was pioneered by Ringsdorf
et al. [62]. Other potential applications of polymer vesicles include the use as biore-
actors, artificial cells, etc.

3.1.1 Drug and Gene Carriers

The multilamellar vesicles based on zwitterionic L-cysteine modified PB (Fig. 7a)
were considered by Koňák and Štěpánek et al. [63] as gene delivery vectors
mimicking the surface of viruses. The surface could effectively be coated with a pos-
itively charged hydrophilic poly(N-(2-hydroxypropyl)methacrylamide) copolymer
(PHPMA) carrying reactive thiazolidine-2-thione groups, rendering the vesicles sta-
ble against changes in pH. It is supposed that the covalent coating with PHPMA may
protect the delivery vector from interactions with proteins and cells, thus avoiding
degradation, and prolong the circulation time in blood. Biological tests are pending.

The polymer vesicles based on cationic poly(L-lysine) modified with palmi-
toyl and PEG chains (Fig. 7e) strongly interacted with anionic plasmid DNA
(polymer:DNA ≥ 5:1w/w) under the formation of polyion complexes (“poly-
plexes”) [38]. The interaction was strong despite the decreased number of binding
sites and the absence of receptor specific ligands, and the gene transfer to human
tumor cell lines was improved in comparison to the PLLys. In vitro biological test-
ing revealed that the modified poly(L-lysine) vesicle–DNA complexes are more
hemolytic but about one to two orders of magnitude less cytotoxic than the parent
PLLys–DNA.

The micron-sized vesicles based on poly(L-lysine)-block-poly(L-phenylalanine)
(Fig. 10j) were investigated for a potential use in drug and gene delivery [55]. Jing
et al. suggested a very strong binding of DNA to these copolypeptides because of
electrostatic interactions with lysine units and hydrophobic interactions between
nucleobases and phenyl groups [64]. Accordingly, the addition of the copolymer to
calf-thymus DNA solution resulted in the formation of irregular particles of <2μm
in size rather than vesicles. Further studies remain to be carried out.

Iatrou and Hadjichristidis et al. [54] showed that plasmid DNA (pDNA) could
be condensed onto the large vesicles of poly(L-lysine hydrochloride)-block-poly
(γ-benzyl-d7-L-glutamate)-block-poly(L-lysine hydrochloride) (Fig. 10i). The fact
that the copolypeptide vesicles remained intact could be attributed to the rigid-
ity of the hydrophobic membrane built of helical PBLGlu chains. The molecular
characterization of the vectors (UV spectroscopy, DLS, and SFM) indicated that
the pDNA was partially condensed on the PLLys phase and partially encapsulated
inside the vesicle. The synthesized vectors thus combine the advantages of the
polylysine–DNA systems to condense large amounts of genes, as well as those of
the liposome–DNA systems to better protect the encapsulated DNA. These vectors
are expected to present better gene transfection efficiency to the cell nucleus.

Deming et al. [53] used large vesicles based on poly(L-arginine)60-block-poly
(L-leucine)20 (Fig. 10g) (labeled with fluoresceine for LSCM imaging) for
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intercellular delivery. The rational for using poly(L-arginine) goes back to protein-
transduction domains (PTD) to enhance the intracellular delivery of cargoes. A
well-studied example is the arginine-rich segment (residues 49–57: RKKRRQRRR)
of the transactivator of transcription for HIV-1 (HIV-1 Tat), which could even be
replaced by a simple nonamer of arginine (references in [53]).

In order to see if the PLArg segments enhance a transport across membrane
interfaces, the authors studied the partitioning of the polypeptide vesicles at wa-
ter/chloroform interfaces. Similar to PTD conjugates, the copolypeptide vesicles
remained in the aqueous phase when the chloroform phase contained a neutral
zwitterionic lipid and was transferred into the organic phase when an anionic lipid
(egg yolk phosphatidyl glycerol, EYPG) was used. This attests to the importance
of counterion binding to the arginine residues for transport. Furthermore, when
the chloroform–EYPG solution was layered with a fresh aqueous phase contain-
ing sulfate ions, which bind to guanidine residues stronger than to phospholipid
headgroups, the vesicles were found to migrate back from the organic to the aque-
ous phase, demonstrating the capability for transport in and out of a hydrophobic
environment, analogous to membrane transport.

The testing of the potential use of PLArg60-b-PLLeu20 for intracellular delivery
in vitro was done with 100 nm-sized vesicles containing the model cargo Texas-
Red-labeled dextran. Examination of the nonfixed cells using LSCM showed that the
vesicles and their contents were rapidly taken up by two representative cell lines (ep-
ithelial and endothelial relevant in oral and intravenous drug delivery, respectively),
similar to the uptake observed for smaller oligoarginine PTDs. However in this sys-
tem the polyarginine segments are tethered together in the vesicular assembly and
thus not free to diffuse in solution, which can mask some of the guanidine groups by
allowing only the chain ends to interact with the cell surfaces. Furthermore, as the
oligoleucine hydrophobic interactions are stronger than the polyarginine–cell inter-
actions, the vesicles do not disrupt cell binding, showing the robust nature of these
vesicles and their potential to carry large cargoes across interfaces without leakage.
Thus, self-assembly of the PLArg-b-PLLeu copolypeptides into vesicles helps them
to function as effective intracellular delivery vehicles, despite the presence of large
polycationic segments.

3.1.2 Cell Surface Recognition

Pasparakis and Alexander [31] studied the polyvalent binding activity of glycopoly-
mer vesicles bearing glucose recognition elements on the surface (PGEMA-b-
PDEGMA, Fig. 4e) by assays with FTIC-concanavalin A (con A), a lectin with
high affinity to glucose (and extensively used to study carbohydrate interactions).
It could be demonstrated that the glycopolymer vesicles were able to accommodate
the lecitin at their surfaces, more efficiently than the model PGEMA homopolymer.
Further studies involved carbohydrate interaction of the vesicles with a mutant Es-
cherichia coli strain (MG1655pGFP) that is both green fluorescent and expresses
the fimH protein having binding specificity for glucose and mannose. The smaller
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vesicles of PGEMA10-b-PDEGMA50 (250 nm in diameter) formed large aggregates
with the bacteria, each cluster containing approximately 60–90 vesicles and 100–
150 bacteria, whereas the larger vesicles of PGEMA28-b-PDEGMA36 (500 nm,
comparable to the size of E. coli) did bind to the bacteria but did not form clus-
ters (as observed by FM). The induction of bacterial cluster formation followed the
same trend as with con A interactions, which the authors attributed to the different
size, mass, surface–volume ratios, and momentum in suspension of the two vesi-
cles. Addition of glucose into the preformed bacteria–vesicle aggregates resulted in
a dose-dependent breakdown of the cell–polymer clusters. This effect was most no-
ticeable for the smaller vesicles, but was also apparent in the mixture of the larger
vesicles with E. coli. Furthermore, it was demonstrated that the disruption of vesi-
cles and the delivery of a molecular cargo could be triggered by the contact with
bacteria. Vesicles of PGEMA28-b-PDEGMA36 were loaded with an orange–red flu-
orescent dye, ethidium bromide, and exposed to E. coli. The bacteria associated with
vesicles initially showed green fluorescence, which over time (30 min) changed into
orange–red through the transfer of ethidium bromide from the vesicle to the bac-
terial cytoplasm (Fig. 16). This process of molecular transfer is specific as it only
occurs for those vesicles that are bound to a cell. The glycopolymer vesicles are
therefore considered as mimics of natural cells with potential applications in cell
sensing, therapeutics, and synthetic biology.

Fig. 16 Optical micrographs (fluorescence mode) of aggregates of glycopolymer vesicles (loaded
with ethidium bromide, orange–red) and E. coli bacteria cells (green, marked with arrows) at
t = 0 min (left) and t = 30 min (right). Insets show vesicles at higher image contrast and ×2 mag-
nification. Reprinted with permission from [31], copyright (2008) Wiley
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3.1.3 Bioreactors

Polyion complex vesicles (“PICsomes”) made from PEG-b-PAsp and PEG-b-
PAspA (Fig. 14a), as described by Kataoka et al. [57, 58], are stable in proteinous
medium and have a semipermeable membrane with a three layered structure.
Vesicles loaded with Mb were prepared by simply mixing aqueous solutions of
PEG-b-PAsp containing Mb and PEG-b-PAspAP at equimolar ratio of charges.
The encapsulation of Mb into the PICsomes, being 0.5–5μm in size, could be
directly observed by LSCM and was also confirmed by UV spectroscopy. The
practical feasibility of this system as an oxygen carrier could be demonstrated by
the alternating introduction of oxygen and argon gas to the solution. The oxygena-
tion/deoxygenation cycle of Mb in the PICsome was found to be fully reversible
(Fig. 17).

Enzyme–polymer hybrid vesicles, which consisted of horse radish peroxidase
(HRP) or myoglobin (Mb) reconstituted with PS coupled to ferriprotoporphyrin
XI (cf. Fig. 14b), were investigated according to their enzymatic activity, Nolte
et al. [61,65]. Although both proteins retained their original functionality, the recon-
stitution had an appreciable effect on their activity. In the case of HRP, the enzymatic
activity decreased and for Mb the stability of the oxy complex was reduced. This
could be explained by the introduction of a PS chain which seems to result in a
somewhat modified binding of the heme in the reconstituted protein (evidenced by
UV spectroscopy). Several factors could be responsible for this behavior, like an
unfavorable interaction of the protein with the PS chain or a disturbance of the 3D-
structure of the protein due to the aggregation of the hybrid molecules. In addition,
both proteins have their substrate access channels located near the site of attachment
of the PS chains, which means that these channels might be partly shielded from the
aqueous solution. However, the residual activity also might have arisen from smaller
(micellar) aggregates having a more dynamic structure than the larger vesicles.

3.2 Composite Materials

Polymers are versatile building blocks for the synthesis of structured or-
ganic/inorganic composite materials [66]. Biohybrid or polypeptide-based vesicles,
however, have scarcely been used for this purpose, only for the production or
encapsulation of nanoparticles.

Lecommandoux et al. [67] obtained stable dispersions of super-paramagnetic
vesicles by combining aqueous solution of PB48-b-PLGlu56 (Fig. 1a) with a fer-
rofluid consisting of maghemite (γ-Fe2O3) nanoparticles in CH2Cl2. Incorporation
of one mass equivalent of ferrofluid into the hydrophobic core of aggregates did not
alter their morphology, as deducted from SLS and SANS data, but caused a substan-
tial increase of the outer diameter by a factor of 6 (DLS). Interestingly, the hybrid
vesicles underwent deformation under a magnetic field, as shown by 2D-SANS ex-
periments. These hybrid nanoparticles could for instance be used in biomedicine as
a probe for magnetic resonance imaging (MRI).
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Fig. 17 Top: illustration of the reversible Mb oxygenation inside the PICsome self-assembled
from a pair of oppositely charged block copolymers. Bottom: change in the absorbance at 434 nm
of the Mb–PICsome by the alternating introduction of O2/Ar gas to the solution. Reprinted with
permission from [58], copyright (2007) Wiley

Shantz et al. [56] obtained a series of inorganic nanospheres (silica, silver
bromide, and silica/silver bromide) with sizes in the range of 20–250 nm using
vesicles of PLys-b-PPhe (Fig. 10j) as templates. Freshly prepared 1 M solution
of orthosilicilic acid was mixed with a solution of copolypeptide (0.2mg mL−1)
buffered to pH 7. Hollow silica spheres were obtained with symmetric copolypep-
tides (Lys : Phe = 1:1), whereas compact silica spheres were formed at higher
comonomer ratios (TEM). The reason for the formation of compact spheres was
seen in the destabilization of vesicles due to the highly extended conformation
of the lysine at neutral pH. AgBr particles were prepared using AgNO3 solution
and PLys(HBr)-b-PPhe in water. The sizes of vesicles (DLS), dependent on the
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Fig. 18 Proposed mechanism of the growth of silver bromide nanoparticles in the presence of
PLys-b-PPhe vesicles. Reprinted with permission from [56], copyright (2005) American Chemical
Society

Fig. 19 Schematic diagram showing the self-assembly of gold and silica nanoparticles into hollow
spheres with a two-layer shell structure. Reprinted with permission from [49], copyright (2002)
American Chemical Society

copolypeptide used, were comparable to those of the corresponding AgBr spheres
(SEM), indicating that the vesicles served as templates. The size of particles could
also be adjusted by the amount of silver nitrate added, as illustrated in Fig. 18.

Deming et al. [49] described a “one pot” coassembly of silica and gold nanopar-
ticles into micron-sized hollow spheres using PLCys30-b-PLLys200 (Fig. 10f), as
illustrated in Fig. 19. The function of the PLCys block was to bind to gold (or
silver) nanoparticles via sulfide and disulfide (formed during the deprotection of
the polymer in the air) and that of the PLLys to promote adhesion to the silica
nanoparticles via electrostatic interactions. Reacting first the copolypeptide with the
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gold nanoparticles prior to silica nanoparticles produced hollow spheres (0.8–4μm)
consisting of a distinct layer of gold nanoparticles surrounded by an outer 250 nm–
thick layer silica nanoparticles, as confirmed by TEM and SEM. The dimension
of the spheres could be controlled by the lengths of the polypeptide blocks, ini-
tial copolypeptide concentrations, and nanoparticles/copolypeptide ratios. The walls
were found to be porous (TEM) and thermally robust (stable up to 1,100 ◦C), mak-
ing the spheres interesting materials for a containment and transport of molecules.

4 Summary

Advanced synthetic polymer chemistry provides a variety of sophisticated biohy-
brid polymers consisting of synthetic polymers and biologically relevant peptides
and sugars. Biohybrid polymers can combine the advantageous features of being
processable and robust as well as being biocompatible, functional, and selective.
Biohybrid vesicles or membranes are considered as mimetics of biomembranes but
with a better performance than liposomes.

Biohybrid polymers can be assembled into vesicles by appropriately adjusting
the composition (geometrical packing of chains) or by making use of hydrogen
bonding and secondary structure interactions as well as supramolecular complexa-
tion. Hydrogen bonding and secondary structure are predominant when the peptide
or sugar is the membrane-forming segment. However, the mechanisms involved in
the formation of vesicles may not always be understood, and the characterization of
structures is often fragmentary. Also, information on the mechanical properties of
membranes is lacking.

The era of biomimetic peptide- and sugar-based polymer vesicles has just begun
and seems very promising. Bioinspired vesicles are mainly applied for drug deliv-
ery/release and the fabrication of composite materials, but could readily be used for
biomimetic materials science, biomineralization, and so on. Especially interesting
are “smart” vesicles changing properties in response to an external stimulus (tem-
perature, pH, ions).
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Abstract An overview of molecular models and computer simulation techniques
for amphiphilic vesicles formed either by lipid or block copolymer molecules
is presented. First, system-specific, atomistic or coarse-grained representations of
amphiphilic vesicles, which account for the detailed, chemical structure of the sys-
tem, are briefly considered. The common features of collective phenomena on the
mesoscale (e.g., the self-assembly into vesicles, their rupture or fusion), observed
in a broad class of amphiphilic systems, suggest a universal underlying mechanism.
This observation forms the basis for modeling large-scale properties of amphiphilic
vesicles by minimal models. These coarse-grained models describe the underlying
atomistic structure through a few relevant interactions, whose strength is character-
ized by coarse-grained parameters. The discussion of these coarse-grained models
particularly focuses on how their parameterization can be related to the material
properties of specific systems. In this context, the concept of combining density
functional representations of amphiphilic systems with particle-based simulation
techniques is introduced. As an illustration, a solvent-free model based on a virial
expansion functional is elaborated and applied to investigate the behavior of poly-
mersomes loaded with long homopolymers. Although the interactions are cast in a
density functional language, the model is a particle-based one and its equilibrium
properties are obtained from a straightforward Monte-Carlo scheme. The mechan-
ical properties of the vesicles are established and compared to the properties of a
planar bilayer. Selected results concerning the effect of loading on vesicle stability
and mechanical properties of its bilayer shell are presented.
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1 Introduction

1.1 Liposomes and Polymersomes

Biological membranes constitute structures of high complexity, comprising a di-
versity of lipid and protein molecules. Lipids are a representative example of
amphiphilic molecules containing a hydrophilic, polar headgroup connected to one
or more hydrophobic tails, which are typically short hydrocarbons (comprised of
12–20 carbon atoms). In aqueous solutions they aggregate into structures where
the hydrophilic headgroups are exposed to water, shielding the hydrophobic tails.
A qualitative insight into how the shape of these structures is determined can be ob-
tained using the molecular packing concept [1]. It assigns to lipid molecules a mean
shape determined by factors like lipid architecture/chemical composition, solution
conditions (e.g., salt concentration or pH), and external parameters such as temper-
ature. If the average molecular shape is close to a cylinder, the lipids organize into
bilayers and it is exactly this arrangement that characterizes biological membranes.
Historically, a significant step towards understanding the organization of mem-
branes was the formulation of the “fluid mosaic model” by Singer and Nicholson [2]
representing it as a lipid bilayer engulfing isolated proteins, dispersed at low con-
centrations. Within this model, the lipids and the proteins can diffuse freely in the
bilayer plane. Currently, it is acknowledged [3–6] that this simple picture has to be
enriched to account for protein aggregation into functional complexes, lipid–protein
association, bilayer-cytoskeleton and bilayer-glycocalyx coupling, presence of ad-
hesion sites, etc., leading to more complicated, non-Brownian dynamics [3, 7, 8] of
the lipids inside the bilayer. Nevertheless, despite the synergy of the components
of the biological membranes, the understanding of their properties can significantly
benefit from the experimental and theoretical consideration of simplified analogs.
Thus, lipid bilayers composed of a single type of lipids or a mixture of different
species, with various kinds of inclusions have been the subject of intense research.
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Fig. 1 Liposome evolution. A: Early “plain” liposomes with hydrophilic or hydrophobic drug
entrapped (a) in the interior and (b) in the bilayer, respectively. B: Antibody-targeted immunolipo-
some with antibody covalently coupled (c) to the reactive membrane phospholipids, or anchored
(d) with a hydrophilic moiety C: Long-circulating liposome decorated with protective polymer (e)
acting as a shield against opsonizing proteins (f). D: Long-circulating liposome with protective
polymer and antibody attached to surface (g) or, preferably, to the free end of a grafted chain (h)
E: New generation liposome with different surface modifications (separate or combined) such as:
attached protective polymer (i), protective polymer with targeting ligand (j), diagnostic label (k),
incorporated positively charged lipids (l) for complexation with DNA (m), incorporated stimuli
sensitive lipids (n) and polymers (o), cell-penetrating peptides (p), virial components (q). Apart
from drugs, examples of vesicle’s load include: magnetic targeting (r) particles, colloidal gold or
silver particles (s) for electron microscopy. Reprinted by permission from Macmillan Publishers
Ltd: Nature Reviews: Drug discovery (Ref. 9), copyright (2005)

Apart from being simplified models of biological membranes, these systems are re-
lated to medical applications such as drug delivery and diagnostic imaging by virtue
of their implementation in the form of liposomes. Liposomes in their topology re-
semble cells. They are closed bilayer vesicles, serving as a container of hydrophilic
or hydrophobic loads (e.g., drugs, biomolecules, nanoparticles) in their cavity or
shell, respectively. An overview of the current progress in liposomology can be
found, for example, in [9], from which we reproduce in Fig. 1 an instructive chart.
The advancements have been so significant that several liposome-based drugs have
been approved [9, 10] and clinically implemented. The research interest, however,
remains high in view of the various issues that still need to be resolved. For instance,
one of the important questions is the improvement of the control over liposome size
which is crucial for their ability to penetrate into diseased tissues [11] and their
storage stability [12]. Typically liposomes would be rapidly eliminated from the
blood stream by the reticuloendothelial (RES) system. “Stealth”-liposomes with
prolonged circulation times can be created by incorporating lipids conjugated to
polyethylene glycol (PEO) chains [13] into the shell, which sterically repel the
blood plasma proteins mediating the clearance by the immune system [14]; hence
the “stealth” properties. Targeting of liposomes to diseased tissues can be achieved
by attaching to their shell proper ligands [9,15] (e.g., antibodies, folate, transferrin).
Liposome decoration with biomolecular components, like the proteins of a viral en-
velope [16], can be used to control the delivery of the load into targeted cells as well.
The delivery mechanism can be also tuned by properly selecting the lipid composi-
tion of the shell. pH-responsive liposomes are a characteristic example [17, 18].



200 K. Ch. Daoulas and M. Müller

In analogy to lipids, amphiphilic block copolymers, i.e., macromolecules com-
posed of at least one hydrophilic and one hydrophobic, covalently linked, polymer
chains can form in aqueous solutions vesicles; the so-called “polymersomes.” Gen-
erally, in self-assembling copolymer solutions, a rich diversity of morphologies is
possible. An overview of the various factors important for vesicle formation, in-
cluding copolymer architecture, presence of additives, solvent composition, and
temperature, is given in [19]. To illustrate polymersome structures we reproduce
from [21] on the top row of Fig. 2 cryo-TEM images of vesicles formed by 1.0 wt %
aqueous solution of PEO–b–PBD (PEO, polyethylene oxide; PBD, polybutadiene)
diblock copolymer for three different sizes of the PEO and PBD blocks.

The potential of polymersomes in biomedical applications have been extensively
discussed in several reviews [19, 22–26], so they are mentioned here only briefly.
Mainly due to the high molecular weight of their amphiphiles they differ from
liposomes in several aspects, which makes them beneficial for certain purposes.
(1) Typically, they have a much thicker shell. For the vesicles shown in Fig. 2c
the hydrophobic core thickness is d = 21 nm, while for lipid membranes typically
d ≈ 3 nm. (2) Due to the larger thickness, polymeric membranes are much less sus-
ceptible to fluctuations and defects, and they can withstand larger deformations than
lipid systems. It is remarkable that, while lipid bilayers can be stretched only 5%

Fig. 2 Top row: Cryo-TEM images of 1.0 wt % aqueous solution of PEO–b–PBD diblock copoly-
mer, for three different block sizes a EO26–BD46, b EO80–BD125, and c EO150–BD250. The darker
areas denote the BD-rich area, forming the hydrophobic part of the bilayer. Scale bars correspond
to 100 nm. Reprinted with permission from Ref. [21]. Copyright 2002 American Chemical Society.
Reprinted with permission from Ref. [20]. Copyright 2001 American Chemical Society
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Fig. 3 Left: Schematic representation of a DNA-loaded triblock-based polymersome. The virus, a
λ phage, binds a LamB protein and the DNA is transferred across the block copolymer membrane.
Right: An electron micrograph of negatively stained complexes formed between λ phage and vesi-
cles bearing LamB proteins at 37o C. The λ phage (large structure on the top left corner) is attached
to one vesicle via its tail. Ref. [27]. Copyright (2002) National Academy of Sciences, U.S.A

prior to rupturing, the critical area strain for polymer membranes typically [21] lies
between 20 and 50%. Thus, polymersomes outperform the liposomes with respect
to robustness and stability. (3) Due to the increased thickness the permeability of the
polymersome shell is reduced and longer load retention times can be achieved [22].
The robustness of polymersomes can be further increased by cross-linking the am-
phiphiles [28–30]. (4) Proper selection of block size and chemistry of the synthetic
copolymers offers significant opportunities for application-oriented tailoring of
polymer vesicles properties. For example, PEO–b–PBD polymersomes demonstrate
prolonged circulation in vivo, outperforming the PEO-decorated, stealth, liposomes
due to the denser structure of the PEO brush [31]. Targeted delivery of therapeutic
loads can be achieved by creating polymeric vesicles responsive to environmental
stimuli, such as pH change (see [32] for more details) or biodegradable polymer-
somes [33, 34]. Further functional diversity and interfacing with biological systems
can be achieved by incorporating proteins into the polymersome membrane. A nice
example, reproduced in Fig. 3, is presented in [27], where viruses (λ phages) were
able to bind to LamB proteins incorporated into polymersomes and inject their DNA
into the artificial container.

1.2 Modeling Lipid and Polymer Vesicles: General Considerations

Computer simulations allow for a systematic exploration of the relationships be-
tween the structure of the individual molecular components, external control pa-
rameters that influence self-assembly, and the properties of the bio-mimetic vesicles.
Therefore they can provide important guidance for their engineering in view of the
applications highlighted in the previous section. The computer modeling offers an
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unambiguous control of the numerous system parameters and characteristics, while
as an output, it can provide information on properties that are not directly accessible
in experiments, such as details of local molecular structure, system organization, or
evolution pathways. Generally, in each case the modeling approach is determined
by the specifics of the question under study. To this end, the mesoscale behavior
of lipid and polymeric amphiphiles demonstrates that, despite the rich chemical
and structural diversity, they present similar self organization patterns. This univer-
sal behavior should be attributed to their generic feature: the connectivity of the
hydrophobic and hydrophilic parts. Essentially, it plays the role of an effective,
attractive, long range interaction counterbalancing the more local hydrophilic–
hydrophobic repulsion [35–37]. Self-assembly driven by competing interactions
has been proposed [35], within a phenomenological Landau-Ginzburg description,
as the underlying mechanism for the formation of spatially modulated phases in a
variety of different systems, such as copolymers, lipids, superconductor films, mag-
netic materials. In some cases, universality is not only observed in the structural
properties of the self-assembled amphiphile morphologies but also in the dynam-
ics of various processes. An instructive example is presented on the two last rows
of Fig. 2 taken from [20] showing vesicle fusion (middle row) and vesicle fission
(bottom row), reminiscent of similar events in lipid membranes. The observed uni-
versality motivates [5,38–40] an attempt to obtain a qualitative understanding of the
basic principles underlying the collective behavior of these systems in the frame-
work of simple, minimal, coarse-grained models. These representations incorporate
only the relevant interactions/features that are necessary to reproduce the phenom-
ena of interest, and the parameters, which describe the strength of the interactions,
are expressed [41] through “invariant quantities,” encoding the characteristic time,
energy, and length scales. Typically, these are treated as input parameters, estab-
lished by comparison to experimental data or atomistic simulations. On the other
hand, the examples of modern bio-mimetic vesicles shown in Fig. 1 suggest that, for
understanding certain phenomena and designing specific applications, fine details of
the molecular components maybe important. Depending on the desired resolution,
these can be incorporated either via detailed atomistic representations or coarse-
grained models obtained through “systematic” coarse-graining approaches, a well
established technique in polymer physics [42]. The latter schemes integrate out
some atomistic degrees of freedom, and the smaller number of remaining degrees
of freedom or effective, coarse-grained beads, are interacting via soft potentials.
However, in contrast to minimal models, these interactions are more detailed and
are tuned to reproduce certain structural, thermodynamic and dynamic properties.
It is well-known that [39, 43] the decimation of the degrees of freedom can only be
performed approximately. Generally, the coarse-grained degrees of freedom inter-
act via a multibody free-energy functional. In practice, these multibody interactions
among the coarse-grained beads are approximated by pair-wise potentials and the
form of the interactions depends on the choice of quantities that are to be reproduced
on larger scales. Moreover, unlike the microscopic interaction energies, the coarse-
grained interactions have the status of free energies and depend on the specific
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thermodynamic state defined by temperature, density, and pressure. Inhomogeneous
systems may additionally require a composition-dependent parameterization.

Both of the above statements are reflected in the subdivision of the current com-
puter simulation approaches to lipid and polymeric vesicles. Ample investigations
have been aimed at acquiring a generic, qualitative understanding of the mechanisms
behind the structural properties of bio-mimetic vesicles like shape, elastic constants,
amphiphile partitioning, spatial distribution of hydrophobic or hydrophilic loads,
and the dynamics of various processes such as fusion, rupture, budding, and cou-
pling to external flows. These works employ simplified amphiphile representations
and rely on the concept of universality. On the other hand, numerous studies focus
on describing the liposome/polymersome behavior in context of models, represent-
ing specific systems and providing an insight into how the vesicle properties are
affected by the fine details of the molecular structure. This review will highlight
both approaches. We discuss simulation studies considering the particle-based mod-
els within standard techniques such as Monte-Carlo (MC), Molecular, Brownian or
Dissipative Particle Dynamics (MD, BD or DPD), and field-theoretic approaches
like Self-Consistent Field (SCF) theory or Dynamic Density Functional Theory
(DDFT). Studies addressing vesicle properties within analytical or numerical so-
lutions of phenomenological theories will not be covered in detail, although some
of their predictions will be recalled in context of simulation results. Representative
works of this kind can be found in [44–53].

The paper is organized as follows: Sect. 2 is dedicated to models considering
specific lipid and polymer vesicle systems. We will start from high-resolution repre-
sentations, gradually proceeding to coarser ones. Basic simulation and data analysis
techniques will be presented, and results will be discussed in the context of system-
specific properties and from the viewpoint of universality. Minimal models and
pertinent simulation techniques will be described in Sect. 3. A working example of
a minimal model approach to polymersomes will be elaborated, illustrating how the
coarse-grained parameters that quantify the strength of relevant interactions can be
obtained by the concept of “invariant quantities.” Finally, the last section contains
the main conclusions and discusses some open problems and directions of future
simulation studies of bio-mimetic vesicles.

2 Component-Specific Modeling of Liposomes
and Polymersomes

2.1 Atomistic Modeling and Systematic Coarse-Graining

In principle, detailed atomistic simulations could offer a straightforward approach
for describing bio-mimetic membranes with chemical accuracy. Commonly, they
employ Molecular Dynamics (MD) methods built around “force-fields” repre-
senting the interactions of chemically bonded and non-bonded atoms, to obtain
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information on structural and dynamical properties. Currently, several force-fields
are available to serve as a platform for interaction representation. AMBER [54],
CHARMM [55], GROMOS96 [56], OPLS-AA [57, 58], and Encad [59] are typical
examples. Often, however, a fully atomistic approach to practically relevant lipo-
some or polymersome systems, is currently not feasible. This can be anticipated
considering that [9,25,26] the sizes of liposomes and polymersomes typically range
from 50 to 1,000 nm. In polymer vesicles the need to consider systems with large di-
mensions is further perplexed by the large relaxation times of the amphiphiles. Their
diffusion coefficient, D, is smaller than 0.1μm2s−1. For these reasons, only very few
atomistic simulations of lipid vesicles have been performed, while, to the best of our
knowledge, no atomistic polymersome study has been reported. Reference [60] il-
lustrates the dimensions and length scales of lipid vesicles that can be currently
addressed within an atomistic approach. The authors report a MD study of sponta-
neous vesicle formation in an aqueous solution of dipalmitoylphosphatidylcholine
(DPPC) lipids. They have employed a variant [61, 62] of the GROMOS force-field,
considering 1,017 DPPC lipids (each comprised of 50 interaction centers) embed-
ded in 106563 water molecules. The evolution of self-assembly has been monitored
up to 90 ns leading to the formation of a vesicle with dimensions on the order of
15 nm. After a simulation run of 90 ns, the vesicle was still imperfect, exhibiting
several pores in the shell.

Atomistic simulations can be much more beneficial when used as an integral
part of systematic, coarse-graining approaches. In this scope, they focus on smaller
systems in order to provide the information necessary for gauging the mesoscopic
interactions. For example, a description of a systematic development of a coarse-
grained model for lipids and the study of vesicles in aqueous solutions by MD
simulations is presented in [63,64], where the authors developed coarse-grained rep-
resentations of dipalmitoylphosphatidylethanolamine (DPPE), DPPC, lysoPS lipids,
and water in spirit of earlier approaches [65–67]. The parameters of the non-bonded
(Lennard-Jones and screened electrostatic) and bonded (soft spring and bond an-
gle dependent) interactions were optimized to reproduce various properties such as
densities of the pure liquids (e.g., water), mutual solubilities, area per lipid, and
spatial electron density distributions, available from experiments or atomistic simu-
lations. The vesicle formation process was monitored starting from a random initial
configuration (biased in the sense that the lipids were placed near the center of the
simulation cell to avoid the formation of bilayer connected via periodic boundary
conditions) and is reproduced in the top panel of Fig. 4. It can be observed that in
the initially random phospholipid solution, a rapid clustering to micelles takes place
which, almost immediately, coalesce into interconnected worms. These structures
transform into a single bilayer, the bicelle, with curved ends of a high line ten-
sion, gradually minimized by encapsulating water. Thus, a cup-like vesicle with a
small pore is formed, which eventually seals so that a stable vesicle is created. The
calculation of Minkowski functionals of the assembled structures suggests that the
tendency to minimize the lipid/water interfacial area and the mean curvature of the
aggregate surface are the driving forces for the process.
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Fig. 4 Top: Formation process of DPPC lipid vesicles obtained from coarse-grained molecular dy-
namics (CGMD) simulations starting from a random aqueous solution configuration. Red/orange
colors show the lipid head/tail groups of the outer monolayer, while dark green/light green show
those of the inner one. Water is omitted for clarity. The snapshots are shown at a 0 ns, b 4 ns, c 20 ns,
d 80 ns, e 200 ns and f 240 ns. Reprinted with permission from Ref. [63]. Copyright 2003 Ameri-
can Chemical Society. Bottom: A similar pathway of a single vesicle formation, observed in DDFT
simulations of a generic amphiphile model. The last image of the sequence shows a cut through
the final intact vesicle. Reprinted from Ref. [68]. Copyright 2005 American Chemical Society

The pathway of vesicle assembly observed within the systematically obtained
coarse-grained lipid representation has been identified in numerous systems de-
scribed with different generic models and simulation techniques, such as MC [69],
BD [70], DPD [71], DDFT [68] and, thus, can be considered universal for a broad
class of amphiphiles. To illustrate this we reproduce on the bottom of Fig. 4 a
sequence of snapshots showing vesicle formation, obtained by DDFT [68]. One
should, however, be cautious in extrapolating this pathway to the formation of poly-
mersomes in solutions of polymeric amphiphiles. It has been suggested [72] that,
due to the large length of the copolymer molecules and the relative weakness of
interactions, the aggregation dynamics may be different. In this study, spinodal
decomposition triggers nucleation of amphiphilic droplets and the copolymers ag-
gregate to these nuclei. As their size grows, they restructure into micelles, then
into semi-vesicles, and finally into vesicles. Coalescence events are absent from
this pathway. This point deserves attention because understanding the assembly
dynamics potentially offers means for controlling vesicle dimensions and achieving
size-uniformity.
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The high curvature of the small liposomes that were studied (diameters about
15−20 nm) causes the inner and outer monolayers of the shell to differ in structure
and drives lipid partitioning between the two leaflets in mixed vesicle systems. The
asymmetry between the monolayers manifests itself, for instance, through the dif-
ferent dynamics of the lipids. The self-diffusion coefficient for the amphiphiles of
the outer layer is D = 4.8×10−7cm2 s−1 as opposed to the D = 2.5×10−7cm2 s−1

of the inner ones, i.e., they move almost twice as fast. An interesting result of the
simulations is the continuous exchange of water through the shell, between the in-
terior of the stable liposome and the external solution. The permeability coefficient,
P, has been estimated to be on the order of 10−3 cm s−1.

Systematically derived, coarse-grained lipid models have also been used to study
the interaction between vesicles, in particular their fusion. This is a key event in
numerous biological processes, including virial infection, endo- and exocytosis,
synaptic release, and cell trafficking [73–76]. Thus, it has attracted abiding inter-
est [40]. Its initial stage in biological systems is regulated by proteins, which bring,
for instance, the membranes into proximity. Nevertheless there is evidence [77–79]
that the mechanism of fusion itself is driven by the amphiphiles. Reference [64]
addressed the fusion of small vesicles with various DPPE, DPPC, lysoPS lipid
compositions. Once the vesicles were brought into close proximity (a few nm),
the observed fusion events were triggered by a fluctuation in one of the mono-
layers due to which some head groups merged into the apposing monolayer. The
fusion then proceeded along two pathways. Pathway I reproduced the classical as-
sumption [80,81] encompassing the sequence of stalk, hemifusion diaphragm (HD),
expanded HD, and finally fusion pore. This pathway, with its intermediate structures
is depicted in Fig. 5. Pathway II, however, exhibited leakage and proceeded along

Fig. 5 Illustration of the classical fusion pathway. Reprinted from Ref. [40]. Copyright (2006),
with permission from Elsevier
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the stalk-hole mechanism [82]: after the appearance of a stalk, a pore in one of the
two vesicles was formed in its vicinity remaining open for a certain period of time.
After that, the stalk encircled the pore forming an HD-like structure which subse-
quently evolved as in pathway I. Vesicle fusion pathways and issues regarding the
stalk evolution and the metastability of the HD have been also considered in [83],
by combining atomistic and coarse-grained models within a “reverse” approach.
Coarse-grained simulations of mixed vesicles of DPPC and palmitic acid (PA) have
been conducted to provide template configurations. Subsequently these have been
used to create atomistic configurations of a vesicle connected with its periodic im-
age via a stalk, through reverse mapping and a multistep equilibration procedure.
The detailed atomistic simulations started from these initial configurations also con-
firmed the existence of the stalk-hole fusion pathway. As in the case of the kinetics
of vesicle assembly, fusion pathways with leakage similar to those of [64, 83] have
been observed in other works using very different models [70,84], providing strong
evidence of their universality. Interestingly, they are first observed in the case of a
different local membrane geometry, namely the fusion of planar membranes, which
correspond to a vesicle with an infinite curvature radius. In [39, 82] a Monte-Carlo
study of the fusion of planar polymeric membranes has been conducted using a
lattice representation of amphiphiles – the Bond Fluctuation Model (BFM). The
surrounding solvent has been described by homopolymers representing a group of
solvent molecules. These simulations have revealed two leaking fusion pathways,
the first one being similar to the pathway II of [64], i.e., involving a single hole
formation near the stalk. The second pathway of [39,82] is another variant of stalk-
hole mechanism where holes are formed in each of the two bilayer membranes in
the vicinity of the stalk which subsequently elongates to encircle them and thereby
creates the fusion pore.

The study of closed polymeric vesicles, combining systematically derived
coarse-grained models with MD (in the following denoted by CGMD [85]) is
still limited by the large number of particles that has to be considered [86]. For this
reason, CGMD studies of the assembly of polymersomes from a random solution
have not been reported, although aspects of the dynamics of spontaneous copolymer
aggregation into planar bilayers and micelles have been addressed [87]. Typically,
the structural and the mechanical properties of polymersomes are derived from
modeling planar bilayer patches. In this context, as well as in lipid membranes,
an important methodological issue is the determination of the tensionless state of
the membrane [88], i.e., the equilibrium area per amphiphile, Ao. The mechanical
tension acting on planar bilayer spanning the x and y dimensions of an orthorhombic
box with fixed lengths hx,hy, and hz can be expressed as

Σ = hz

〈
Pzz − 1

2
(Pxx + Pyy)

〉
, (1)

where Pxx,Pyy, and Pzz are the diagonal components of the pressure tensor. To control
the mechanical stress of the modeled membranes, various statistical ensembles have
been proposed [89, 90]. Typical examples include the nPzzAT , where hz fluctuates
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and the conjugated normal pressure Pzz is controlled (A = hxhy denotes the lateral
box area, n is the number of amphiphiles, and T is the temperature) or the nPzzΣT
ensemble. Some discussions focused on the accuracy with which the membrane
stress can be controlled within constant tension ensembles [88, 91, 92]. It has been
argued that [91] the tension, Σ , does not corresponds to the “macroscopic” mem-
brane stress, because the finite size of the simulation cell eliminates long wavelength
membrane undulations. Thus, it is not clear if Σ = 0 indeed corresponds to a “macro-
scopically” stress-free membrane. This important point has been questioned in [92]
presenting simulation data which exhibit only a weak dependence of Ao on system
size. In fact, the influence of interface fluctuations has been studied in the context of
wetting phenomena. Long-wavelength capillary waves give rise to a size-dependent
correction to the tension of the form ln(A)/A.

It should be further mentioned that the choice of the ensemble also depends on
whether or not the solvent is explicitly modeled. In particular, care has to be exerted
concerning the number of intensive variables of the ensemble. This can be under-
stood considering the Gibbs phase rule for interfaces [93]: f = 2 + c− p, with f
being the number of independent intensive variables needed to describe the inter-
face, p the number of different phases in the interface, and c denoting the number of
different components. A lipid bilayer comprising one sort of lipid embedded into an
implicit solvent corresponds to a one-component system 1, c = 1, in one-phase state
so that p = 1; hence f = 2. On the other hand, a model with explicit solvent yields
c = 2, p = 1, and f = 3. Thus, implicit solvent models can be simulated within nΣT
ensemble while for explicit-solvent models an additional intensive quantity has to
be controlled, e.g., the nPzzΣT ensemble is appropriate.

Polymeric membrane patches have been modeled in [85, 87] using an nPzzAT
ensemble. In these works the CGMD strategy has been utilized to investigate the
properties of polymeric membranes formed by PEO–b–PEE amphiphiles (PEE,
polyethylene ethylene) closely related to experimentally studied systems [94].
Among the questions addressed is the dependence of the thickness of the hydropho-
bic part, d, of the membrane on the molecular weight of the hydrophobic block,
MWphob. Experimental data [94] suggest a power-law dependence, d ∝ (MW )ς with
ς being characteristic of the chain conformations in the hydrophobic layer: ς = 1
for fully stretched chains, ς = 2/3 in the strong segregation case, or ς = 1/2 for
random coil configurations. Interestingly, it is the value ς = 1/2 that the exper-
iments [21] report, suggesting that the chains in the hydrophobic core are rather
unperturbed from their ideal state. CGMD simulations can relate this observation
with the microscopic, internal structure of the bilayer. For high MWphob, the chains
of the two bilayer leaflets are highly interdigitated and the experimental power law,
ς = 1/2, is recovered. However, for short blocks, the interdigitation of the opposing
monolayers is significantly reduced, becoming lipid-like, which is demonstrated by
the prominent dip in the hydrophobic core density profile. In this case ς ∼ 0.82,
reminiscent of strongly stretched molecular conformations.

1 The amphiphile constitutes a single component despite its internal hydrophilic/hydrophobic block
structure.
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An important material property of membranes, that can be used as a reference
point for comparing simulation results with experiments is the area elastic modulus,
kα , defined as

Σ = kα
ΔA
Ao

, (2)

where ΔA is the magnitude of change of membrane area from its equilibrium
value Ao induced by the stress Σ . An interesting experimental observation of sev-
eral polymersome PEO–b–PBD and PEO–b–PEE systems [21, 22, 94] is that the
value kα apparently does not depend on the molecular weight of the amphiphiles.
kα is constant within 10% over a fivefold change in molecular weight. This is il-
lustrated in Fig. 6 reproduced from [85]. Moreover, simple arguments balancing
molecular compression and interfacial energy [1] suggest that kα is related to the
water/hydrophobic core surface tension, γ as kα = 4γ (ignoring the possibility of
screening by the hydrophilic moieties), which seems to be confirmed by exper-
iments. This rather nontrivial result has been confirmed by CGMD simulations
(which are also shown in Fig. 6), and has been used to argue that the surface elas-
ticity in membranes will depend only on the chemical nature of the amphiphile
components around the interface.
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Fig. 6 Plot of membrane tension τ as a function of dilation for a wide range of copolymer am-
phiphiles as extracted from MD simulations. The computational models, derived from systematic
coarse-graining (black symbols), show nearly the same dilational behavior marked by the solid line.
The slope of the line, kα , is very close to experimental measurements performed on giant vesicles
(colored symbols). Experimental data for a dimyristoyl phosphatidylcholine lipid membrane are
also shown. The point of membrane lysis as observed experimentally for selected lipid and poly-
mersome systems is also shown in the plot with green and red stars, respectively. Reprinted by
permission from Macmillan Publishers Ltd: Nature Materials, Ref. [85], copyright (2004)
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2.2 Dissipative Particle Dynamics models

Since the modeling of entire amphiphilic vesicles requires the consideration of
larger length and time scales, higher-level coarse-graining techniques have to be
employed. In this context, DPD methods have been particularly powerful allow-
ing for the simulation of large amphiphilic systems. Generally, DPD approaches
have been covered extensively in the literature, the interested reader is referred to
the publications [95–97] for example. Here, the basics of the DPD method will be
described briefly, mostly to highlight the concepts invoked for obtaining realistic
representations of lipid or polymer membrane systems. Owing to the fact that DPD
initially aimed at simulating fluid flow, one bead in the DPD representation of wa-
ter or amphiphile components, corresponds to the volume occupied by a group of
several water molecules or amphiphilic monomers. Due to this representation, the
non-bonded interactions between two DPD particles are “soft” and are typically
described by a force of the form

Fi j = −ai j

(
1− |r|

rc

)
r
|r| for r ≤ rc and Fi j = 0 for r > rc, (3)

where r is the vector between the two particles of species i and j, rc is the cut-off
distance defining the unit of length, and the coefficients ai j encode the interaction
strength. The amphiphilic architecture is captured by bonded interaction potentials,
Vbond(|r|), which in the most simple case are Hookean springs:

V(1)bond(|r|) = kbondr2 or V(2)bond(|r|) =
kbond

2
(|r|− lo)2, (4)

where r is the vector connecting consecutive beads along the amphiphile’s back-
bone, kbond is the spring stiffness, and lo characterizes the mean bond length. These
interactions can be further combined with bending potentials [98, 99] of the form

V(1)bend =
kbend

2
(ϑ −ϑo)2 or V(2)bend = kbend(1− cos(ϑ −ϑo)). (5)

In the equation above, kbend is the stiffness parameter, while ϑ and ϑo stand for
the instantaneous and the average angles between consecutive bonds, respectively.
Apart from the two conservative interactions, DPD particles experience pairwise
dissipative forces, depending on the relative speed of the particles, and pairwise
random forces that depend on their relative distances. The properties of the dissi-
pative and the stochastic forces are chosen to ensure local momentum conservation
and that the equilibrium states of the system comply with the Boltzmann distribution
of the ensemble [96].

When representing an aqueous solution of amphiphiles within soft DPD models,
the first conceptual point consists in determining how many elementary chemical
building blocks correspond to one DPD particle. To this end, a significant amount
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of DPD representations of amphiphilic membranes followed the original works of
Groot et al. [96, 100], where one DPD water bead corresponds to three atomistic
water molecules. Typically, the DPD representation introduces only a few differ-
ent bead species to represent an amphiphilic molecule. For instance, in [100] only
three different bead species have been used to represent a phosphatidylethanolamine
(PE) lipid – two h beads for the hydrophilic head, one e bead for the ester linkage,
and five t beads for each of the two hydrophobic tails. In most cases, it is postu-
lated that the amount of matter contained in each t or h DPD bead is the same and
equal to the one of a water particle. The coefficients, ai j, can be chosen so as to
reproduce the compressibility and the mutual solubility of the species i and j [96].
However, in view of the general complexity of the amphiphilic systems, a more
promising strategy is to tune them so as to reproduce certain structural and dynam-
ical properties of the considered membranes. To this end, a large diversity of DPD
models with different bead species and sets of ai j parameters have been devised for
numerous amphiphilic systems. For instance, tuning the ahh parameter, one controls
the lipid phase behavior [101], while using different parameters for intermolec-
ular and intramolecular interactions between hydrophobic beads one reproduces
realistic rupture behavior [102]. More recently [86], an alternative to the tradi-
tional “equal mass” mapping has been explored for DPD modeling of PEO–b–PEE
based polymersomes in order to obtain realistic values for hydrophobic layer thick-
nesses and membrane elasticity parameters. In particular, each bead species was
assigned its own mass, so that the bulk density of pure the substances would match
the experimental data. Additional means for controlling the bilayer structure and
properties are provided by the bonded potentials of equations (4) and (5).

The amphiphilic models obtained following the above concepts have been exten-
sively used to address various phenomena in lipid and polymer vesicles. It should
be mentioned, however, that by virtue of the high degree of coarse-graining invoked
in DPD models, the borderline between lipid and polymeric amphiphiles within this
description becomes less distinct.

Due to the rather small number of segments of the hydrocarbon tails and the
rather rigid structure of the hydrophilic head, lipids have a limited amount of confor-
mational degrees of freedom compared to polymers. Thus, details of the interactions
and of the molecular architecture become much more important than in the case of
polymers. One expects that the range of properties that can be addressed through a
DPD mapping in polymeric amphiphilic systems is broader than in lipids so that in
the last case using the terms “system-specific” or “generic” becomes a rather subtle
issue. To this end, we choose to consider the lipid vesicle DPD simulations to have a
more “generic” character and they will be discussed at the beginning of Sect. 3. On
the other hand, the DPD simulations of copolymer amphiphiles combined with the
previously described mapping reproducing the individual component bulk densities,
have been successful in systematically reproducing various membrane properties.
For example, in [86] the area elastic modulus of PEO–b–PEE membranes has been
computed to be kα = 137mN m−1, which is very close to the experimentally re-
ported value [22] kα = 120±20mNm−1. The same work presents evidence that in
the DPD model, in agreement with the previously described experimental data and
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CGMD simulations, the kα is independent of the copolymer molecular weight, as
well. Concerning the structural properties of the polymersome shell, the DPD re-
sults show a clear power law d ∝ (MW )ς , with ς = 0.48, i.e., in accordance with the
unperturbed, almost ideal chain, structure of the hydrophobic layer suggested by the
experiments and the CGMD simulations. Apart from the equilibrium vesicle proper-
ties, a preliminary study of the kinetics of polymersome rupturing under an osmotic
pressure gradient was performed [86]. The gradient was generated by artificially in-
creasing the amount of the water in the polymersome cavity. The DPD simulations
then suggest that a possible poration mechanism involves disruption and micelliza-
tion of the internal monolayer, which exposes the hydrophobic core to water. This
triggers the micellization of the outer monolayer so that multiple pores are formed
in the shell, allowing the contents of the cavity to escape.

3 Generic Vesicle Simulations

3.1 Universality vs Specificity in Dissipative Particle
Dynamics Models

Following the last part of the previous section, the DPD models of lipid vesicles can
be considered as being, essentially, in-between the more detailed, coarse-grained,
system-specific representations of these systems and the highly coarsened, mini-
mal models. In this context, quite elaborated DPD models can be used to reproduce
several membrane properties that are expected to be important for the phenomena
of interest. Recently the kinetics of vesicle fusion has been addressed [103, 104]
using an optimized ai j parameter set, combined with properly tuned V(2)bond and
V(2)bend potentials, capable of mimicking geometric and elastic properties (area per
lipid, bilayer thickness, area elastic modulus, volume compressibility) of dimyris-
toylphosphatidylcholine (DMPC) lipids. In addition, the membranes described with
the models of [102–104] exhibit a realistic resistance to rupture; they can sus-
tain only a 10− 30% relative area stretch prior to lysis. An important dynamical
property of the DPD mappings in discussion is that they result in a relatively high
(∼10kBT ) energy barrier for intermembrane lipid exchange in case of adhering bi-
layers. Both factors have a significant impact on the observed fusion pathways and
on the dependence of the free energy barrier for fusion on the membrane tension.
These simulations reveal how fine mapping details can have qualitative effects, par-
ticularly in addressing dynamical phenomena. An earlier work [105], allowing for
a 60% membrane stretchability and fast flips between adhering bilayers, showed
different fusion pathways and did not indicated any tension-dependent free energy
barriers, contrary to experimental observations [106]. More generic DPD represen-
tations of amphiphiles with 4–7 beads connected with Hookean springs have been
used to address kinetics of vesicle assembly [71], phase separation and shape evo-
lution in multicomponent vesicles[107, 108]. In [107] the simulations were started
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from a single, A1 amphiphile-component, planar bilayer which was allowed to de-
form, encapsulating water, and create a closed vesicle. A part of the A1 molecules
was then exchanged to A2 molecules and the evolution of the system was monitored.
A similar strategy was followed in [108]. In both works, the DPD parameterization
was such that the flip-flop events were negligible (in agreement with the CGMD
simulations [63]), while in [108] the shell was in addition made practically imper-
meable to the water, enforcing a constant area-to-volume ratio. In [107] the vesicle
shape evolution, e.g., budding and pinching-off, was investigated as a function of
the distribution of the A2 amphiphiles among the inner/outer monolayer leaflets,
and of the strength of segregation. The two reported prevailing pathways are shown
in the main panel of Fig. 7. In particular, an A2 amphiphile distribution favoring
rather strongly the outer monolayer, promotes a “classical budding” scheme (see
left of top row in Fig. 7), presumably due to the area-difference effect [109]. On the
other hand, a strong A1-A2 incompatibility promotes membrane cleavage along the
A1-A2 interface with subsequent fission (see right panel of top row of Fig. 7). The ef-
fect of area-to-volume ratio on the shape of multicomponent vesicles was addressed
in [108] considering the evolution of two types of systems: (1) vesicles with an equi-
librium area-to-volume ratio and (2) artificially deflated vesicles. In both cases, the
distribution of the A2 amphiphiles was selected with no preference to inner or outer
leaflets (i.e., the ratio of A2 molecules in the two bilayers was equal to the one of
the single component system). Characteristic snapshots are reproduced on the left
and right panels of the bottom row of Fig. 7, respectively. It can be seen that for the
first case no budding is observed, although the A2-rich domains have a somewhat
cup-like shape. In the second case, however, the excess area allows a part of the caps
to evolve into buds which vesiculate and pinch off.

Fig. 7 Top row: Two budding and fission pathways observed in the DPD simulations. Reprinted
with permission from Ref. [107]. Copyright 2003, American Institute of Physics. A For local asym-
metry in the composition between the two bilayer leaflets. B For strong interfacial energy at the
domain boundary or strong thermally induced undulation of the domain. Fission is initiated by
cleavage along the interface. Bottom row: Snapshots of phase separating vesicles observed in the
DPD simulation. Reprinted with permission from Ref. [108]. Copyright (2004) by the American
Physical Society. A vesicle with an equilibrium area-to-volume ratio is shown on the left at the
initial, (a), and a later stage, (b), of phase separation. Snapshot (c) shows a slice taken at the last
stages demonstrating that the domains in both monolayers are in registration. The evolution of a
deflated vesicle is shown on the right. At the last stage, the pinching-off of vesicles is observed



214 K. Ch. Daoulas and M. Müller

3.2 Solvent-Free Models

In the DPD modeling of amphiphilic vesicles a significant amount of computa-
tion time is spent on simulating the water molecules. For example, in the systems
of [108] 1,472,000 particles of the total 1,536,000 were water. To this end, a fre-
quent approach in minimal amphiphilic models is to eliminate the water molecules,
taking them into account by proper, effective interactions between the amphiphilic
components. Formally, the elimination of solvent degrees of freedom can be ratio-
nalized by considering the system as incompressible on the mesoscale, so that they
can be integrated out. This, leads to a “solvent free” amphiphilic system, which is
compressible, with the local amphiphile density, ρ(r), to be allowed to fluctuate
so that 0 ≤ ρ(r) ≤ ρo, where ρo is the density of the original incompressible sys-
tem. For practical implementations, however, it should be taken into account, that
because ρ(r) is bounded from above, the effective interactions might not be well
represented [40] by density-independent pair potentials. Also, all solvent hydrody-
namic effects are lost, which might affect the description of membrane dynamics
and the ability to model various processes.

Drouffe et al. [110] studied the assembly of amphiphilic vesicles by representing
the amphiphiles with spheres interacting with a combination of hard core repulsions,
orientation-dependent potentials, and multibody interactions. The multibody char-
acter of the interactions had to be introduced to mimic the “hydrophobic effect” so
that a stable, fluid “membrane” in the form of a single monolayer of spheres forms
at high temperatures. A more realistic solvent-free minimal model of amphiphilic
bilayers was introduced by Noguchi and Takasu [70], representing the amphiphilic
molecules by rigid rods with three interaction centers: two for the hydrophobic tail
and one for the hydrophilic head. These centers interact through a repulsive soft core
potential and a multibody, density-dependent, attractive potential mimicking the hy-
drophobic effect. It is instructive to reproduce these functional forms. The soft core
repulsion is given by

Urep(r) = εexp [−20(r/σ −1)] , (6)

where r is the distance between the two particles, ε defines the energy scale and σ
the monomer size. The potential in equation (6) is truncated and shifted at 1.3σ .
The multibody interaction experienced by a hydrophobic particle at point r of space
is given as

Umulti(ρ(r)) =

⎧
⎪⎨

⎪⎩

−0.5ρ(r) ρ(r) < ρ∗ −1

0.25(ρ(r)−ρ∗)2 − c ρ∗ −1 ≤ ρ(r) < ρ∗

−c ρ∗ ≤ ρ(r)
, (7)

where ρ∗ = 10 and c = 4.75 for the first tail bead (counting from the head) and
ρ∗ = 14 and c = 6.75 for the second one. ρ(r) stands for the local density around
the reference particle, calculated by defining a small sphere around it, such that
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ρ(r) = ∑
r′

h
(|r− r′|) , h(r) =

⎧
⎪⎨

⎪⎩

1 r < 1.6σ
1

exp[20(r/σ−1.9)]+1 1.6σ ≤ r < 2.2σ
0 2.2σ ≤ r

, (8)

The summation over r′ is performed over the coordinates of all intermolecular hy-
drophobic segments. It can be seen that at low density, ρ < ρ∗ − 1, Umulti(ρ) is a
pairwise potential. At high densities ρ∗ ≤ ρ the model assumes that the hydropho-
bic particle is shielded by the beads that already interact with it so that Umulti(ρ)
becomes constant. It is exactly this feature that prevents the tails from locally col-
lapsing to high densities and crystallizing. This model has the advantage of yielding
membranes with a normal bilayer structure, composed of two monolayers of the
rod-like amphiphilic particles and it has been used to address the kinetics of vesi-
cle formation [70], vesicle fusion [111], and the change of vesicle structure in
response to mechanical forces [112]. Like many similar models invoking complex
multibody interactions to obtain stable amphiphilic membranes, its parameteriza-
tion lacks a transparent connection with material properties. In combination with the
rather simplistic description of amphiphile architecture this makes the calibration of
these representations for describing realistic amphiphilic systems rather question-
able. Nevertheless, it is exactly from the point of elucidating the universal features
of amphiphile behavior that these models are beneficial. For instance, when con-
sidering the kinetics of vesicle fusion the Noguchi and Takasu model yields two
pathways that are similar to those observed in vesicle simulations conducted with
systematically coarse-grained lipid models [64] and generic simulations of planar
bilayer fusion [39,82]. In particular, the first one resembles the classical hemifusion
mechanism (see Fig. 5) while the second, invokes the stalk-hole mechanism; i.e.,
reproduces the leaking fusion pathway of [39, 82].

A first solvent-free model invoking only pairwise, Lennard-Jones-type, inter-
actions for studying amphiphilic membranes was reported in [113]. Subsequent
models [114–116] used improved two-body interaction schemes obtaining the cru-
cial property of unassisted bilayer self-assembly. Particularly [114] put forward the
importance of the interactions range. In this work, the amphiphiles where described
by a chain of three beads: one for the hydrophilic head and two for the hydropho-
bic tail. The beads were linked via FENE bonds, and an additional control over
the molecular conformations was obtained by utilizing a harmonic spring potential
acting between the head and the last tail bead. The excluded volume interactions be-
tween all the particles have been captured by a Weeks–Chandler–Andersen (WCA)
potential. The hydrophobic beads were considered to experience an additional, two-
body, longer range interaction of the form

Uatt(r) =

⎧
⎪⎪⎨

⎪⎪⎩

−ε r < rc

−ε cos2
(

π(r−rc)
2wc

)
rc ≤ r ≤ rc + wc

0 r > rc + wc

. (9)
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In the above expression, ε and σ (with σ being the tail–tail collision diameter)
are the energy and the length units respectively, rc is the cut-off length, while the
decay range is determined by the parameter wc. The later was shown to be of key
importance for the model and can be used to tune the amphiphile phase diagram
and the material properties such as area per amphiphile, bilayer structure, elastic
constants, and diffusivity. The functional form of the pair potential between the lipid
tails given by the combination of the WCA potential with the attractive interaction
of (9) is reproduced by the solid line in the inset on the left of Fig. 8, while the main
panel shows the phase behavior of the amphiphiles.

In connection with amphiphilic vesicles this model has been applied to study
cylindrical vesicles [117], evolution of multicomponent systems [114] and the vesic-
ulation of planar membranes driven by curvature inducing proteins or nanoparticles
[118]. The time evolution of a vesicle, composed of a 50:50 mixture of immiscible
A1, A2 amphiphiles, is shown in the right main panel of Fig. 8. As in the case of the
DPD simulations of [108] (see left bottom of Fig. 7) the domains in the inner and
outer leaflets match each other. The budding and the subsequent vesicle pinching-
off is induced by the available domain size and the line tension between the A1-rich
and A2-rich domains. It should be mentioned that in the studies of vesicle shape
evolution with solvent-free models the constraint of constant area-to-volume ratio,
present in simulations with explicit solvent, is relaxed such that the kinetics might
be quite different. This absence of explicit solvent might become a drawback for
studying vesicle behavior in external flow fields or confinement; the case of vesicle
extrusion is a good example.
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Fig. 8 Left: The phase behavior of amphiphiles as observed with the model of [114,115], is shown
in the main panel, plotted as a function of rescaled temperature kBT/ε and attraction width wc/σ
at zero lateral tension. Each symbol corresponds to one simulation and identifies different bilayer
phases. Crosses denote the gel phase, solid circles mark fluid bilayers, and vertical crosses indicate
the region where bilayers are unstable. The dashed lines are merely guides to the eye. The inset
shows the pair potential between tail beads (solid line) and the purely repulsive head–head and
head–tail interaction (dashed line). Reprinted with permission from Ref. 114. Copyright (2005)
by the American Physical Society. Right: Phase separation and budding sequence for a vesicle
containing a 50:50 mixture of two lipids. The vesicle is in equilibrium with a very dilute “vapor of
amphiphiles” (i.e., the lipids seen floating in the exterior volume). From [114]
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The study of protein mediated vesiculation [118] is a nice illustration of the
power of generic models to describe processes in bio-mimetic membranes on large
time and length scales. In that work the above model was combined with a generic
representation of curvature inducing proteins, i.e., particles curving locally the
membrane by attracting preferentially the hydrophilic lipid heads. Although the
direct interaction potential between the particles is only a short-ranged WCA re-
pulsion, the local membrane deformation gives rise to an effective attractive force,
leading to protein clustering. The membrane induces an effective interaction among
the inclusions, but the inclusions, in turn, also have a dramatic impact on the
membrane: The cooperative deformation generated by the protein clusters leads to
membrane vesiculation as is shown in the last stages of the pathway in Fig. 9.

Reconsidering the model of Noguchi and Takasu, it is noted that (7) and (8)
define the interactions of hydrophobic particle with its surroundings as a function
of the local density of the hydrophobic beads. This can be considered as a spe-
cial case of the more general idea of expressing the complicated interactions in
an amphiphilic solution within a density functional theory. Some advantages of
such an approach are: (1) easy parameter calibration, starting from “initial guess”
values obtained through a transparent connection with some characteristic mem-
brane material properties, (2) using the model as a base for efficient particle-based
techniques, including Monte-Carlo methods [119–123] and the Single-Chain-in-
Mean-Field (SCMF) simulations scheme [122, 124], and (3) possibility to interface
with SCF techniques [125–129], which are extremely efficient computationally and
have the significant advantage to offer an easy estimate of the free energy of the
morphology (within the mean-field approximation) [130–132]. The last point can
be particularly important when understanding pathways of structure evolution. In
what follows, we will present an illustration of such an approach, developed for
the study of polymersomes loaded with long polymeric molecules. Modeling these

Fig. 9 Successive stages of a vesiculation event driven by 36 cap-shaped proteins on a membrane
containing 46,080 lipids. The side length of the initial membrane corresponds to ∼ 160 nm, while
the times of the simulation snapshots are a 0 τ , b 20,000 τ , c 40,000 τ , d 50,000 τ , e 60,000 τ ,
and f 70,000 τ ; the last corresponding roughly to 1 ms. Reprinted by permission from Macmillan
Publishers Ltd: Nature, (Ref. 118), copyright (2007)
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systems was motivated by the experimental study of virus-assisted loading of poly-
mersomes presented in [27], already highlighted in the introduction. In that work,
bacterial channel forming proteins LamB were reconstituted in the shell of an ABA-
triblock polymersome. In a normal bacterial cell membrane these proteins are a
specific transporter for maltodextrins; however they can also be targeted by λ phage
viruses, which bind to them and inject their DNA into the cell. It was demonstrated
that, after being incorporated into the vesicle shell, the protein functionality was
preserved: the λ phage viruses were still able to bind to them and inject their DNA
into the artificial container. These experiments, presenting a perspective concept for
gene therapy, are illustrated in Fig. 3.

3.3 Bridging Between Particle-Based and Field-Theoretic Models

The development of a density functional description of an amphiphilic system com-
prises two stages: (1) the representation of the molecular architecture and (2) the
construction of the density functional for the non-bonded interactions. For the
example described above, the molecular architecture will be considered within
a bead-spring model, which takes into account the polymeric nature of the am-
phiphiles and the load. In the following, we only consider linear, flexible molecules
but generalizations to more complex molecular architectures, including chain stiff-
ness (see 5)) or branching, are straightforward in a particle-based description. We
assume the amphiphilic molecules to be AB-diblock copolymers and the loading
homopolymer, h, to be comprised of segments of type C. The A-type beads will be
considered as hydrophobic, while B- and C-type beads are hydrophilic. Then, the
connectivity Hamiltonian, Hb, will be

Hb(m)[r(s)]
kBT

=
N(m)−1

∑
s=1

3(N(m) −1)

2Re(m)
2 [ri(s)− ri(s+ 1)]2 , (10)

where ri(s) is the coordinate of sth bead of molecule i. The index m stands for the
chemical species of the molecule (i.e., m = AB or h). R2

e(m) is the corresponding
mean squared end-to-end distance of the unperturbed molecule, while kB and T are
the Boltzmann constant and temperature, respectively. N(m) denote the number of
beads used to discretize the molecular species and, although they explicitly appear
in (10), they do not have a specific physical meaning, i.e., a different contour des-
critization yields an equivalent model.

Lengths in the coarse-grained model can be identified with a real system by
matching the characteristic molecular extension, Re(m) of one species with the exper-
imental value. This quantity is conserved by the representation and is an example
of an invariant quantity [41] mentioned in the introduction. In a generic model,
these quantities are the only parameters that convey a specific physical information,
establishing relevance with the energy, length and time scales of the real systems.
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In principle, it is the invariant quantities that can be expressed through certain ma-
terial properties. Their number, required for each generic model parameterization,
depends on the complexity of the chosen representation.

In the following, all lengths will be expressed in units of the end-to-end distance,
Re(AB), of the amphiphile. The loading polymer is much larger than the amphiphile,
Re(h) ≈ 8Re(AB). We will use NAB = 32 beads for the amphiphiles. Ten of them are
hydrophilic; the remaining 22 are hydrophobic. The homopolymer h will be repre-
sented by Nh = 2,048 coarse-grained beads.

The choice of the density functional for describing the non-bonded interactions
is dictated by the specifics of the problem. In polymer physics, the most widely used
approach for modeling multicomponent melts employs a Flory–Huggins description
of the incompatibility of different species. The polymeric liquid is assumed to be
either incompressible or to have a limited compressibility. In case of AB amphiphilic
copolymer membranes a similar description has been used within studies [38, 82,
130,132] representing large groups of water molecules with B-type homopolymers.
In those models, the non-bonded energy for a given configuration of the amphiphilic
system, as determined from the coordinates of all beads, is given by the interaction
Hamiltonian:

HI

kBT
= χρo

∫
drφ̂A(r)φ̂B(r), φ̂α(r) =

1
ρo

n

∑
i=1

N(i)

∑
s=1

δ (r− ri(s))γα (s), (11)

where n is the total number of molecules in the system (AB copolymers and B ho-
mopolymers), χ the Flory–Huggins parameter, ρo the bead number density in the
bulk, and φ̂α(r) denotes the volume fraction of species α at point r of space. In
addition, γα(s) = 1 if the sth segment of the ith molecule is of type α (with α = A,
or B) and γα (s) = 0 otherwise. When the system is assumed to be incompress-
ible, the molecular configurations are subjected to the constraint φ̂A(r)+ φ̂B(r) = 1,
which can be taken into account in the statistical mechanical formalism [125].
In case of limited assumption, a simple density-dependent quadratic term [133]
κρo

2

∫
dr(φ̂A(r) + φ̂B(r)− 1)2 is added to (11), where κρo controls the magnitude

of density fluctuations, being proportional to the inverse compressibility. More real-
istic representations of local fluid structure can be used, as was demonstrated in the
density functional studies of lipid bilayers [134,135]. Equation (11) augmented with
the quadratic compressibility term, is essentially a second-order virial expansion of
the interaction energy with respect to the component densities.

We note that higher order terms in the virial expansion naturally arise during
the systematic coarse-graining procedure, where some degrees of freedom are in-
tegrated out. In this spirit, higher order expansions can be exploited to represent
amphiphilic system without explicitly describing solvent molecules. For the solvent-
free model of AB-amphiphilic vesicle loaded with a C homopolymer used in the
following, the interaction Hamiltonian takes the form
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HI

kBT
=

∫
dr

R3
e(AB)

{
1
2 ∑

α=A,B,C
∑

β=A,B,C

vαβ ρ̂α(r)ρ̂β (r)

+
1
3 ∑

α=A,B,C
∑

β=A,B,C
∑

γ=A,B,C

wαβ γ ρ̂α(r)ρ̂β (r)ρ̂γ (r)

}

, (12)

where vαβ are wαβ γ are symmetric with respect to index permutations, standing for
the second- and the third-order virial coefficients, respectively. In (12) all lengths
are expressed in units of the end-to-end distance, Re(AB), of the amphiphile. Thus,
the dimensionless second order virial coefficients play the role of a Fixmann pa-
rameter in the theory of polymer solutions. The dimensionless densities, ρ̂α(r), are
defined as

ρ̂α(r) =
R3

e(AB)

NAB

n

∑
i=1

N(i)

∑
s=1

δ (r− ri(s))γα (s) (13)

with NAB being the number of beads used for amphiphile discretization and in this
case the definition of γα(s) is modified to take into account the additional segment
species C. In this scope, the ρ̂α(r) express the segmental densities at point r of
space, as the number of equivalent AB strands at r. The virial coefficients vαβ and
wαβ γ are related to the segmental virial coefficients ṽαβ and w̃αβ γ

vαβ =
ṽαβ N2

AB

R3
e(AB)

, wαβ =
w̃αβ γN3

AB

R6
e(AB)

. (14)

Therefore all quantities appearing in the definition of the functional HI , are invari-
ants, i.e., independent of the number of beads used to discretize the polymer chains.

Equations (10), (11), and (12) in combination with a proper parameter choice,
constitute a complete representation of the amphiphilic system. It should be noted
that, although the interactions are cast in a density functional language, the model is
still particle-based: the densities, in terms of which the functionals are expressed, are
determined from the particle coordinates in each system configuration. At this point,
the particle-based description can be converted to a field theoretical one by refor-
mulating the multi-particle problem in terms of independent amphiphilic molecules
in fluctuating external fields through a Hubbard–Stratonovich transformation. This
shifts the difficulty of describing the statistical mechanics of mutually interact-
ing molecules to the equally challenging problem of functional integration over
fluctuating external fields. Commonly, the functional integrals over the fluctuating
fields are approximated by their saddle-point values. The mean-field approxima-
tion, which underlies the SCF theory, inherently ignores all fluctuation effects. It
has been employed to identify possible fusion pathways in planar membranes [130]
and vesicles [132]. In these studies, the average density fields of the intermediates
along different fusion pathways, which have previously been observed in simula-
tions [38,82], have been generated by identifying an appropriate reaction coordinate
that parameterizes the fusion pathway, and the relevant free energy barriers have
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been calculated within mean-field theory. Despite the computational efficiency of
SCF calculations and the direct accessibility of free energies that it offers, more
accurate, alternative techniques may be required in some circumstances [136]. For
instance, in bio-mimetic assembling systems, the energy scale of the interactions
between the different components is frequently comparable to kBT while the free
energy barriers along the fusion pathway are only of the order of tens of kBT . Un-
der these conditions, thermal fluctuations cannot be ignored and the concept of a
free energy barrier that is extracted from a constraint equilibrium calculation may
become inaccurate in describing the kinetics of collective phenomena.

Modeling the kinetics of self-assembly and morphology evolution by field-
theoretic methods is also a formidable task. Typically, it is performed within a
Landau–Ginzburg expansion of the free energy, relating the local evolution of the
order parameter (i.e., the component density field) to the chemical potential gradient
through an Onsager coefficient. Due to the spatially extended molecular architecture
of the amphiphiles, this relation is nonlocal. Because of numerical implications,
however, simplified local forms are commonly used. In this context, it is highly de-
sirable to retain the particle-based description as defined by (10), (11), (12), and
use them as a basis for simulation. In simulations, the interplay between the dy-
namics of individual molecules and the kinetics of collective fields is transparent,
the dynamic algorithm of the simulation can be chosen as to realistically mimic the
single-molecule dynamics [137], and it is not assumed that the molecular conforma-
tions are in instantaneous equilibrium with the collective variables, as it is implicitly
done in the field-theoretic framework by integrating out the molecular degrees of
freedom.

To parameterize the polymersome model, the identification of the virial coeffi-
cients, vαβ and wαβ γ , is driven by the requirement that the amphiphiles described by
(10) and (12) should create a stable bilayer with given material properties. Assum-
ing that the hydrophobic interior should be in a melt state, the coefficients vAA and
wAAA are determined such that (12) enforces the A-blocks to create a melt in equi-
librium with its “vapor” which, in a solvent free model, represents the surrounding
water. It can be shown, from (12), that the equation of state of such a homogeneous
melt, within mean-field approximation, is [138]

PR3
e(AB)

kBT
= ρA +

vAA

2
(ρA)2 +

2wAAA

3
(ρA)3 , (15)

where ρA is the average density of the hydrophobic region, expressed in terms of
equivalent AB strands (i.e., an invariant). A representative graph of (15) in the ρA–
PR3

e(AB)/kBT plane, is shown on the left of Fig. 10. The intersection of this curve

with the ρA axis at PR3
e(AB)/kBT = 0 (marked by the green line) determines the melt

density at coexistence (since the amphiphile concentration in the vapor is negligi-
ble). The slope of the P/kBT curve at the intersection (marked with the red line)
expresses the compressibility, 1

κτ
= ρA

∂P
∂ρA

, of the A melt at the coexistence point.
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vAA = -15.15, WAAA = 0.5643
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Fig. 10 Left: Mean-field equation of state for the hydrophobic A strand melt, for vAA = −15.15
and wAAA = 0.564375 (see (15)). The vertical green line marks, at P/kBT = 0, the coexistence den-
sity of the melt with its vapor, ρA = 20. The red line marks the tangent to the P/kBT curve at
P/kBT = 0,ρA = 20. Its slope is inversely proportional to the melt compressibility. Right: The
density distribution of the A and B bilayer components is shown across a free edge, membrane
patch (see inset) which is thin in the z direction (i.e., vertically to the graph plane). The red and
the green symbols correspond to the densities of the hydrophobic and the hydrophilic segments,
respectively

Thus, the vAA and wAAA, for given values of ρA and compressibility are obtained
from the equations

ρA +
vAA

2
(ρA)2 +

2wAAA

3
(ρA)3 = 0

(16)

ρA + vAA (ρA)2 + 2wAAA (ρA)3 =
ρA

12(ξ/Re(AB))2

where we have exploited the relationship between the Edwards correlation length, ξ

and the compressibility: 1
kBT κτ

=
ρAR2

e(AB)
12ξ 2 . In experimental systems [21, 94], typical

values of ρA will be between 10 and 100. Therefore, we choose to set ρA = 20 in
the following example. Generally the magnitude of total density fluctuations in a
polymer liquid is negligible on the mesoscopic scale. The length scale threshold,
after which the polymer melt can be considered as incompressible, is set by the
correlation length ξ , which is microscopic (∼1 nm). In this example we choose
a larger value, ξ ∼ 0.02Re(AB). This choice facilitates the simulations by making
the polymer liquid “softer”, while still restricting the role of density fluctuations
below the characteristic bilayer mesoscopic scales. The above requirements yield
vAA = −15.15 and wAAA = 0.564375. The determination of the vAB is related to
the desired degree of incompatibility between the hydrophobic and the hydrophilic
monomers, typically expressed through χNAB. It can be shown to be connected to
the virial coefficients as
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χNAB ≈ ρA
2vAB − vAA− vBB

2
. (17)

For the example application of a loaded polymersome, we require χNAB ≈ 30.5.
The determination of the coefficients of the hydrophilic moieties is motivated by
reproducing for them good solvent conditions. In the following, we set all the third
order virial coefficients between the hydrophilic units to zero. The second order
coefficients should have a positive value, which in the case of the B monomers de-
termines the size of the hydrophilic head of the amphiphile. The coefficient vBB has
to be empirically determined to comply with the bilayer stability (e.g., large val-
ues of vBB gives rise to micelle formation instead of bilayers). In this work, we use
vBB = vCC = 0.1. Substitution of vBB and vAA into (17) yields vAB = −6. Table 1
summarizes the values of the virial coefficients used to study the loaded polymer-
somes.

The model defined by (10) and (12) is studied in the following using a Monte-
Carlo approach. The implementation of this scheme requires the assignment of a
spatial density distribution to a given configuration of amphiphiles. To achieve this
[119,122,124] a cubic lattice {c} with a grid spacing ΔL is defined in the simulation
box. Then, the densities are assigned to each grid point, c, from the positions of the
beads as

ρ̂α(c) =
1

NAB

n

∑
i=1

N(i)

∑
s=1

Π(ri(s),c)γα (s). (18)

The function Π(r,c) performs the particle assignment to the grid points of the
lattice. In this work we use a linear extrapolation:

Π(r,c) =
1

ΔL3 Πα=x,y,z

(
1− |rα − cα |

ΔL

)
, (19)

if the distance between the grid point and the bead along each Cartesian direction
is less than ΔL, and Π(r,c) = 0 otherwise. A similar approach is used in particle
to mesh methods in electrostatics [139, 140]. The grid size ΔL should be consid-
ered as an additional model parameter, setting the range of the interactions, and
in this example we use ΔL = 0.166Re(AB). After defining the assignment of particle
coordinates to lattice densities, the Monte-Carlo sampling is straightforward. In par-
ticular, various moves such as random local segment displacement, slithering-snake,
chain translation, identity exchange can be used to create new system configura-
tions. Using the proposed particle coordinates the new density distribution, ρnew

α (c),
is obtained via (18) and the energy of the non-bonded interactions can be calculated
from (12) in the proposed configuration. The Monte-Carlo moves are then accepted

Table 1 Values of the virial coefficients used in (12) to study loaded vesicles
vAA = −15.15, vBB = vCC = vBC = 0.1, vAB = vAC = −6
wAAA = wAAB = wABB = wAAC = wACC = 0.564375
wBBB = wCCC = wBBC = wBCC = wABC = 0
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according to a Metropolis criterion, pacc = min
[
1,e−(ΔHb+ΔHI)/kBT

]
, where ΔHb

is the difference in bonded interactions and ΔHI is the change in the non-bonded
interactions between the proposed and the old system configurations, respectively.
Here, only random local displacement moves have been used in order to mimic a
realistic bead dynamics [137].

Before modeling loaded polymersomes, simulations of planar bilayers comprised
of AB-amphiphiles, with the parameters of Table 1 have been performed to establish
various material properties. The information concerning the area per amphiphile,
Ao, in the tensionless state will be particularly important for creating the initial
configurations of the loaded vesicles. The grid utilized in the current Monte-Carlo
scheme for calculating the density distribution creates certain difficulties for ob-
taining Ao using statistical ensembles that invoke changes in box dimensions (e.g.,
the nΣT ensemble). In principle, gridless methods could be used [119], however, at
the expense of computational efficiency. Therefore, to obtain Ao we follow here an
approach similar to the one of [39,82], where polymeric membranes have been stud-
ied within a coarse-grained lattice model. An nVT simulation of an isolated bilayer
patch was performed, with a setup as shown in the inset on the right of Fig. 10. The
patch, with its normal oriented roughly along the x axis, spanned the system in the
short z direction but not in the long one, the y-direction. In this direction the mem-
brane patch can freely adjust its extension, until it neither grows nor shrinks. In this
case, the mechanical tension, Σ , vanishes. The average profile of the densities ρA(x)
and ρB(x) was then calculated from the middle of the bilayer (to omit the bulging
at the free bilayer edges), which is shown in the main panel on the right of Fig. 10.
Almost no dip is observed in the midplane of the hydrophobic core density profile,
similarly to what has been reported [85, 86] for CGMD simulations of polymeric
membranes with high molecular weight. The density in the inner part of the bilayer
is slightly below the value, ρA = 20 predicted by the mean-field equation of state,
(15). The hydrophobic thickness, d, of the bilayer can be estimated from the ρA(x)
profile half-width to d = 1.1Re(AB), while the area per amphiphile is obtained after
integrating the ρA(x) and ρB(x) profiles, yielding Ao = 0.066R2

e(AB).
The calculation of materials properties such as bending rigidity, κ , or area elastic

modulus, kα , requires the simulation of large systems. The inset of Fig. 11 shows a
representative snapshot of the large bilayer membranes that have been studied for
the purpose of this work, in the nVT ensemble. The bilayer was preassembled to
span the box in the y- and z-directions with Ly = Lz = 15Re(AB). To obtain a tension-
less membrane, the number of AB molecules was calculated from the previously
described simulations of free edge patches; thus the snapshot of the graph contains
6,800 amphiphiles. To study membranes under tension, bilayers with larger areas
per amphiphile (i.e., a smaller number of AB molecules) have been also simulated.
We observed that the bilayers parameterized according to Table 1 were able to sus-
tain a 10− 15% area dilation for an extended Monte-Carlo simulation with local
monomer displacements.

Commonly the bending rigidity of the membrane can be calculated by compar-
ing the simulation results to the prediction of the Helfrich–Hamiltonian [44, 141].
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Within this continuum description, the membrane is conceived as a thin elastic sheet.
If one assumes that the membrane fluctuations are small, its surface can be param-
eterized within a Monge representation via a height function, h(y,z), describing its
position over some reference plane. Then, the Helfrich–Hamiltonian takes the form

H =
∫

dydz

[
Σ
2

(∇h)2 +
κ
2

(
h)2
]
. (20)

Expanding h(y,z) in Fourier space and using the equipartition theorem allows to
calculate the power spectrum of membrane fluctuations [40, 48]:

σ2 ≡ 〈|h2
q|〉 =

kBT
Σq2 + κq4 . (21)

To employ this approach in the considered example, the membrane was described in
a continuum limit through a surface, h(y,z), identified as the position of the bilayer
midplane. The results of such an analysis for the cases of a tensionless and a ∼10%
stretched membrane are shown in the main panel of Fig. 11 with red and black solid
symbols, respectively. The solid lines are fits of the power spectrum h2

q with (21). It
can be seen that, indeed, Ao = 0.066R2

e(AB) (predicted by the free edge simulations)
corresponds to the membrane tensionless state. The bending rigidity of the bilayer is
4.5kBT and seems to decrease with tension, presumably due to membrane thinning.

Fig. 11 Shown in the main panel is the power spectrum of the fluctuations of large bilayer patches
(the inset shows a representative snapshot). The simulations where conducted in nV T ensemble and
the number of molecules in the bilayer was chosen to reproduce a tensionless (red circles) and a
10% stretched (black circles) membrane. The solid lines are fits according to equation (21)
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Fig. 12 Shown on the left is a cut through an initial configuration of a vesicle loaded with polymer
chains. The hydrophobic and hydrophilic segments of the amphiphile and the hydrophilic beads of
the polymer load are shown in red, green, and blue, respectively. Three characteristic snapshots of
a rupturing polymersome, loaded with nh = 10 long hydrophilic polymers are shown on the right

It can be seen that implementing the power spectrum of fluctuations for the calcula-
tion of bending rigidity requires an efficient sampling on large spatial scales of the
membrane (low q values). In this scope, casting the recently reported [142] Mode
Excitation MC approach in context of the presented model could be very promising.

The data regarding Ao were subsequently utilized to create initial configurations
of polymersomes. A representative cut-through is shown in the left of Fig. 12, where
the amphiphilic A, B and the loading polymer C segments are shown in red, green,
and blue, respectively. The radius of the sphere corresponding to the AB interface
of the outer and the inner monolayer is denoted as R1 and R2, respectively. In the
initial configurations it was set R1 = 3Re(AB) and R2 = 4Re(AB), i.e., the diameter
of the cavity is smaller than the size of the loading polymer, Re(h)∼8Re(AB), which
was placed in it in a random configuration. The number of the amphiphiles in the
outer, nout

AB , and in the inner, nin
AB, shell was selected according to nout

AB = 4πR2
2/Ao and

nin
AB = 4πR2

1/Ao so that the whole vesicle contained 4,696 amphiphiles. In this way
polymersomes containing different numbers, nh, of loading polymer chains have
been prepared, ranging from nh = 0 (empty vesicles) to nh = 30. The initial con-
figurations were subjected to long Monte-Carlo simulations, in order to create well
equilibrated series of system snapshots. The long hydrophilic polymer confined in
the polymersome will swell and, due to the small dimensions of the vesicle cavity,
will create a pressure on the amphiphilic shell. It is observed that the polymer-
somes could sustain only a limited amount of loading polymers, up to nh = 15. For
higher loading amounts, the polymeric containers ruptured during the initial stages
of the simulation. On the other hand, for moderate loads nh ≤ 10, the polymersomes
remained mostly stable through the runs, exceeding several times the longest relax-
ation time of the high molecular weight polymer.

The configurations of the equilibrated, stable polymersomes were then analyzed,
to extract the bending rigidity κ following an approach similar to the one that was
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used in the early vesicle simulations of Drouffe et al. [110]. In particular, the position
of the shell midplane is calculated from the vesicle configurations, so that they are
described through a single surface, R(θ ,φ), in spherical coordinates. This can be
expanded in spherical harmonics around a sphere of radius RV , which has the same
volume as the vesicle, so that

R(θ ,φ) = RV

[

1 +∑
l,m

ulmYl,m(θ ,φ)

]

. (22)

As in the case of the planar bilayer, the energy of this elastic surface can be assigned
a Hamiltonian [46, 48]:

H = ∑
l≥2

l

∑
m=−l

|ulm|2
2

(l + 2)(l−1)
[
ΣR2

V + l(l + 1)κ
]
, (23)

where, as in the case of the planar bilayer, Σ and κ denote the mechanical tension
and the bending rigidity. The corresponding power spectrum is [48]

σ2 ≡ 〈|ulm|2〉 =
kBT

(l −1)(l + 2)[ΣR2
V + κ l(l + 1)]

. (24)

The main panel of Fig. 13 presents the power spectrum calculated for empty
and loaded (nh = 5 and nh = 10) vesicles, while the inset shows the fitting of this

Fig. 13 Shown in the main panel is the power spectrum of the fluctuations of vesicles at various
amounts of loading polymers: empty vesicle (nh = 0, black symbols), five (nh = 5, red symbols)
and ten (nh = 10, green symbols) chains. The inset shows the same data fitted with equation (24)
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spectrum with (24). The main graph shows that with higher load the shell fluctua-
tions decrease (i.e., σ2 goes down) due to the increase of the tension, while the fits
demonstrate that the shell of the empty vesicles has almost the same rigidity as the
planar membrane. This bending rigidity decreases as more polymers are added into
the cavity and the polymersome shell becomes more stretched.

4 Conclusions and Outlook

Over the last few years, computer modeling has demonstrated an increasing poten-
tial for describing biology-related molecular systems. Among these, bio-mimetic
amphiphilic vesicles have attracted abiding attention due to numerous applications
in therapeutics and medical imaging. Because they exhibit a diversity of character-
istic length and time scales, they constitute a challenge for modeling, so different
techniques have to be applied depending on the information to be gained. Atom-
istic and systematically derived coarse-grained models can account in detail for the
chemical architecture, being on the high resolution edge of the spectrum of simula-
tion models. Therefore, they are powerful [40, 88, 143] in realistically representing
the local structural and dynamic properties, such as spatial organization of molec-
ular components/chemical groups, molecular conformations, motion of individual
particles. This information is important for understanding phenomena depending
significantly on the specifics of molecular structure (e.g., drug transport through
a membrane). At this point, however, the simulation of amphiphilic vesicles faces
the difficulty that focusing on small scale properties does not always imply that the
entire vesicle structure can be ignored. In particular, in small systems they will be
significantly affected by the vesicle size manifesting itself by the high curvature of
the bilayer shell. Therefore, for example, the inner and the outer monolayer leaflets
will differ in molecular organization and component dynamics. On the other hand, in
larger vesicles the curvature effects are expected to become less important and the
local bilayer shell properties can be decoupled from the vesicle’s geometry. Thus
they can be extracted from smaller systems of planar membrane patches described
with the atomistic or detailed coarse-grained models. In this case, the quality of the
predictions will depend on the fine details of the interaction force field.

Besides issues related to the accuracy of force fields in spatially inhomogeneous
systems comprising many chemically distinct components, the basic restriction re-
lated to the chemically detailed models is the rather small length and time scales
that they can access. This limitation imposes severe restrictions for considering col-
lective phenomena in amphiphilic vesicles, i.e., processes that involve large particle
numbers. Typical examples include vesicle assembly, vesicle fusion, phase separa-
tion and shape transformations of multicomponent amphiphilic vesicles. For many
of these processes, it is expected that the underlying atomistic details of the molec-
ular constituents can be captured by a small number of relevant characteristics and
universality classes, comprised of systems with a rather different atomistic structure,
can be identified. These phenomena can be successfully investigated via minimal
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models incorporating the universal characteristics and invoking a large degree of
coarse-graining. The advantages of generic approaches are both, computational and
conceptual. Apart from allowing the modeling of large length (∼100 nm) and time
(∼ms) scales due to the significant reduction of degrees of freedom and the softer
interactions on the mesosocpic scale, they can promote understanding and identify-
ing of the physical mechanisms driving collective phenomena. Since the underlying
atomistic complexity is reduced to a rather restricted set of parameters, generic mod-
els allow the systematic investigation of the way by which these coarse-grained
parameters influence collective processes; thus they can provide guidelines concern-
ing the direction to which the atomistic structure of the system should be tailored in
order to achieve a desired mesoscopic behavior.

As was illustrated in this work, certain aspects of mesoscopic behavior are univer-
sal for liposomes and polymersomes, and they arise mainly due to the amphiphilic
nature of the molecules they are comprised of. However, it should be mentioned
that generic models are expected to perform much better quantitatively for the latter
case than for the former. Due to the large number of building units, polymers ex-
hibit a self-similar structure [144,145]; thus the possibility to systematically reduce
the degrees of freedom, i.e. to perform a coarse-graining procedure, is inherently
present in these systems. On the other hand, lipid molecules are composed of a few,
often different, structural units. In this restricted conformational space the concept
of scale invariance is not applicable and the details of the chemical structure become
more important. Therefore, to reproduce certain membrane characteristics, generic
coarse-grained models of lipids frequently invoke interactions and parameteriza-
tions which only have a rather phenomenological, qualitative justification.

The development of generic models for bio-mimetic membranes remains an area
of active research, particularly regarding the elaboration of approaches allowing
for a physically transparent justification of interactions and a clear connection of
model parameters with the material properties of the studied systems. Models, ca-
pable of addressing large amphiphilic systems have been available for less than one
decade, therefore most issues related to the large scale behavior of vesicles have
not received sufficient coverage; vesicle/vesicle and vesicle/substrate interactions
being characteristic examples. For instance, while modeling efforts have been fo-
cused on fusion between vesicles, systematic simulations of alternative phenomena
such as vesicle/vesicle adhesion and engulfment [146] are still lacking. Understand-
ing how the later processes depend on the amphiphile molecular characteristics is
important in view of their close relevance to endocytosis and mechanisms of up-
take of certain drug delivery systems by cells. The adhesion of vesicles is related
to the more general study of the processes taking place during interactions of vesi-
cles with various substrates. One of the interesting questions associated with these
systems is the understanding of how the stability of the vesicles can be affected
by the presence of a surface. Modeling these systems, requires the ability to cap-
ture significant rearrangements in the vesicle topology like, pore formation or shell
disintegration, which can be fully described only through particle-based models
as opposed to representations based on continuum descriptions (like the Helfrich–
Hamiltonian). Vesicles with various types of inclusions and molecules attached to
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the bilayer constitute important objects for future studies. For instance, a recent
work on membrane vesiculation driven by curvature inducing proteins [118] illus-
trates that approaches considering decorated membranes have to account for their
“softness,” the ability to rearrange significantly in response to both individual and
collective action of the bilayer attachments/incapsulants. Therefore, for example,
modeling the protein shielding effects of long polymers attached to amphiphilic bi-
layers by representing them as a polymeric brush grafted to a solid substrate might
be too oversimplifying.

The study of nonequilibrium dynamical phenomena in vesicles is of special inter-
est. For medical applications this is important for tailoring the coupling of artificial
vesicles to their environment, so that the therapeutic loads could be delivered to the
targeted areas. Membrane destabilization by changing the amphiphile architecture
through hydrolytic degradation, is an illustrative example. Modeling vesicles out of
equilibrium is also significant for considering cases when the conditions in their in-
ternal, loading cavity are modified. A simple example of a polymersome response
to internal pressure generated by a long loading polymer was demonstrated in this
work; however more complicated systems can be envisioned, particularly in cases
when the amphiphilic vesicles are used as nanoreactors.
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