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Introduction

The human body contains many specialized tissues that are capable of 
fulfilling an incredible variety of functions necessary for our survival. This 
volume in the Human Cell Culture Series focuses on mesenchymal tissues 
and cells. The in vitro study of mesenchymal cells is perhaps the oldest form 
of human cell culture, beginning with the culturing of fibroblasts. 
Fibroblasts have long been generically described in the literature, arising 
from many tissue types upon in vitro cell culture. However, recent studies, 
many enabled by new molecular biology techniques, have shown 
considerable diversity in fibroblast type and function, as described within 
this volume. 

Mesenchymal tissue types that are described within include bone, 
cartilage, tendons and ligaments, muscle, adipose tissue, and skin (dermis). 
The proper function of these tissues is predominantly dependent upon the 
proper proliferation, differentiation, and function of the mesenchymal cells 
which make up the tissue. Recent advancements in primary human 
mesenchymal cell culture have led to remarkable progress in the study of 
these tissues. Landmark experiments have now demonstrated a stem cell 
basis for many of these tissues, and, furthermore, significant plasticity and 
inter-conversion of stem cells between these tissues, resulting in a great deal 
of contemporary excitement and controversy. Newly-developed
mesenchymal cell culture techniques have even lead to novel clinical 
practices for the treatment of disease. The specialized state-of-the-art culture 
and assay techniques required to grow, differentiate, and assay human 
mesenchymal cell types for research and clinical applications are described 
in detail in this volume. In addition, the procurement and processing of 
human cells from these diverse tissue types are addressed to guide scientists 
in this area of research. 

Manfred R. Koller 
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Foreword to the Series 

This series of volumes is in celebration of Human Cell Culture. Our ability 
to grow nearly every type of normal and diseased human cell in vitro and 
reconstruct tissues in 3 dimensions has provided the model systems on which 
much of our understanding of human cell biology and pathology is based. In 
the future, human cell cultures will provide the tools for tissue engineering, 
gene therapy and the understanding of protein function. The chapters in 
these volumes are written by leading experts in each field to provide a 
resource for everyone who works with human cells in the laboratory. 

John Masters and Bernhard Palsson 
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Chapter 1 

Articular Cartilage 

Ross Tubo and Liesbeth Brown 
Genzyme Corporation, Tissue Repair Division, One Mountain Road, Framingham, MA 01 701. 
Tel: 001-508-872-8400; Fax: 001-508-872-9080; E-mail: rtubo@genzyme.com 

1. INTRODUCTION

Hyaline articular cartilage is composed of chondrocytes encased within 
the complex extracellular matrix that they produce. The unique biochemical 
composition of this extracellular matrix is not only responsible for the 
smooth, gliding, nearly frictionless motion of the articulating surfaces of the 
knee joint, but also its resistance to compression, withstanding forces of up 
to five to eight times an individual’s body weight. When this highly 
specialized tissue is damaged by excessive wear or traumatic injury, the 
tissue cannot elicit an appropriate repair response and the damage may 
progress to osteoarthritis [15].

The inability of cartilage to repair itself has led to the development of 
several surgical strategies, the goals of which are to restore patient function 
by alleviation of the clinical symptoms of pain, locking and swelling 
associated with articular cartilage damage. The most widely used approaches 
require physical penetration of exposed subchondral bone by drilling, 
abrasion, or microfracture [3, 10, 16, 18]. These techniques ultimately result 
in the formation of cellular repair tissue, known as fibrocartilage, within the 
cartilage defect site. While fibrocartilage formation provides for 
symptomatic relief in the near term (1-4 years), the durability of the repair is 
inferior to that of normal hyaline articular cartilage, and is a likely 
consequence of the distinct biochemistry of each tissue. 

Hyaline articular cartilage is composed of predominately type II collagen 
and sulfated proteoglycans in a hydrated gel matrix structure [9, 20]. Type II 
collagen is coiled around a central core of type XI collagen that serves as the 
primary building block for the organization of type II collagen fibrils within 
the articular cartilage. Type XI collagen provides the covalent linkage 
between type II collagen fibrils and appears to cross-link the collagen fiber 

M.R. Koller, B.O. Palsson and J.R. W. Masters (eds.), Human Cell Culture Vol V, 1–16, 
© 2001 Kluwer Academic Publishers. Printed in Great Britain. 
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structure and cartilage specific proteoglycans. The cross-linked collagen 
fibril and proteoglycan network conveys the properties of tensile and 
compressive strength respectively to articular cartilage, [see Buckwalter and 
Mow (13) for review]. In contrast, fibrocartilage is composed predominately 
of type I collagen and non-cartilage specific proteoglycans and lacks the 
specific tensile and compressive strength required for long-term function in 
the joint. 

Since hyaline articular chondrocytes are responsible for the production of 
hyaline articular cartilage in vivo, it follows that articular chondrocytes may 
be a useful cell type for articular cartilage repair. Cultured hyaline articular 
chondrocytes, isolated from an individual’s own cartilage and propagated ex 
vivo, have been used to repair clinically significant defects in articular 
cartilage (Figure 1). Data from these studies indicate that the repair tissue 
was judged to be “hyaline-like” [22], characterized by randomly organized 
chondrocytes in lacunae embedded within an extracellular matrix composed 
of type II collagen and sulfated proteoglycans [7, 20]. Autologous 
chondrocyte implantation (ACI) was approved for treatment of articular 
cartilage defects by the Center for Biologics Evaluation and Research of the 
Food and Drug Administration in August, 1997. 

Articular chondrocytes harvested from small biopsies of articular 
cartilage removed during arthroscopic examination of the cartilage defect 
express articular cartilage-specific extracellular matrix components. Once 
the cells are freed from the tissue by enzymatic digestion and placed into 
monolayer tissue culture for proliferative expansion, they become 
phenotypically unstable, adopting a fibroblastic morphology and then 
ceasing production of type II collagen and cartilage specific proteoglycan. 
These “de-differentiated” cells proliferate rapidly and produce type I 
collagen, the collagen characteristic of fibrous tissue. However, when placed 
in an appropriate environment, such as suspension culture in vitro [2, 4, 27], 
or in the environment of a cartilage defect in vivo [25], the cells re- 
differentiate and express articular cartilage-specific matrix molecules again. 
The reversibility of de-differentiation is key to the successful repair of 
articular cartilage using cultured autologous chondrocytes. 

The development of reproducible methods for isolating and culturing 
autologous human articular chondrocytes while maintaining their ability to 
re-express the hyaline articular cartilage phenotype are central to the 
successful clinical application of this cell-based technology. Mammalian cell 
culture processes typically employ a commercially available cell culture 
medium base supplemented with animal-derived serum for optimal growth 
[12]. Human articular chondrocytes are typically cultured in Dulbecco’ s
Modified Eagle’s Medium (DMEM) supplemented with 10% (v/v) bovine 
serum [2, 6]. The observation that different samples of serum vary 
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Figure 1. Schematic diagram for articular chondrocyte harvest and implantation, as performed 
in the treatment of deep cartilage defects in the knee with autologous chondrocyte 
implantation. From Brittberg et al., 1994. 

significantly in their ability to promote proliferation and/or differentiation 
highlights the potential problems associated with its use in large-scale cell 
culture processes [28]. 

In this Chapter, we discuss the development of reproducible methods for 
the large-scale manufacture of human articular chondrocytes, and 
demonstrate the utility of in vitro models of chondrocyte re-differentiation in 
the development of these methods. 

2. TISSUE PROCUREMENT AND PROCESSING 

The procurement of normal healthy human hyaline articular cartilage for 
research purposes represents a significant challenge to investigators, due in 
part to the fact that hyaline articular cartilage cannot repair itself once 
damaged. The removal of such tissue is likely to inflict irreparable damage 
to the articular cartilage. Therefore, the option of obtaining articular 
chondrocytes from living donor biopsies harvested from healthy articular 
cartilage tissue is not feasible. 

Articular cartilage for research purposes is typically obtained from two 
primary sources: tissue banks, which provide tissue from fresh cadavers; and 
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orthopedic surgeons, who remove dislodged pieces of cartilage during 
arthroscopic surgery. Each of these sources requires a significant amount of 
preparation prior to receiving tissue, including: assurance of donor 
confidentiality; favorable review by institutional review boards (IRBs); and 
comprehensive training of individuals who will harvest and ship the tissue. 
The inability to regulate the timing of tissue donation and the variable 
disease state of procured cartilage tissue, particularly for cadaver tissue, are 
significant hurdles to the regular scheduling of research studies. 

Human articular cartilage for our studies was supplied by the National 
Disease Research Interchange tissue bank (Philadelphia, PA) from multiple 
donor cadavers (ranging from 5 to 63 years old), isolated within 48 hours post 
mortem. Articular cartilage was surgically removed by excision from the 
femoral condyles and harvested cartilage was transported in physiological 
saline or commercially available serum-free medium within 4 days at 2-8°C.
Chondrocytes within articular cartilage maintained good cell viability, up to 
five days, when stored at 4°C. Alternatively, cartilage fragments were obtained 
by orthopedic surgeons removing small pieces of tissue during arthroscopic 
examination of injured knees. 

Human articular cartilage samples were trimmed of extraneous material, 
minced, and subjected to enzymatic digestion for chondrocyte isolation. While 
a variety of enzymes have been used for the purpose of chondrocyte isolation, 
including collagenase, hyaluronidase, pronase, deoxyribonuclease, and trypsin 
[2,6,7,27], collagenase has become the primary enzyme for cell isolation. 

3. ASSAY TECHNIQUES 

Given that the mechanical properties and durability of hyaline articular 
cartilage are a function of its extracellular matrix composition and 
organization, the “tissue engineered” cartilage produced by implanted cells 
should exhibit the composition and structure of normal articular cartilage. 
Retention of cultured articular chondrocytes’ ability to re-differentiate and 
produce an extracellular matrix that closely approximates the character of 
native articular cartilage following proliferative tissue culture can be 
demonstrated using agarose or alginate suspension cultures [2, 4-6]. These 
semi-solid media prevent articular chondrocytes from attaching to a 
substratum, thus stimulating the re-expression of the differentiated cartilage 
phenotype. When suspended in agarose gels or alginate beads for three to 
four weeks, de-differentiated chondrocytes form colonies of cells with halos 
of newly synthesized cartilaginous matrix. Immunohistochemical and 
molecular analysis of chondrocyte re-differentiation has shown that 
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expanded articular chondrocytes re-express the biochemical and molecular
markers characteristic of hyaline articular cartilage [5].

3.1 Chondrocyte re-differentiation in semi-solid media 

The ability of cultured chondrocytes to re-differentiate was assessed by
three-dimensional suspension culture assay, either in agarose [4], or in
alginate [6]. 

3.2 Agarose differentiation assay 

Articular chondrocytes were harvested by trypsinization following 12-14
days of monolayer culture. Trypsin was neutralized with either 10% (v/v)
fetal bovine serum (FBS) for serum-supplemented cultures, or 1% (w/v)
human alpha-1 -anti-trypsin for serum-free cultures. Cells released from their
substratum were then suspended at 2.5 x 105 cells per ml in DMEM
supplemented with FBS. The medium containing cells was then mixed 1:1
with 4% low-melt agarose at 42°C. The low-melt agarose/cell suspension
was overlaid onto a layer of high-melt agarose (2ml, previously solidified) in
60mm tissue culture dishes. After solidification of the low-melt agarose 
containing cells, the cultures were overlaid with 5ml DMEM/10% FBS.
Culture medium was replenished following 2-3 hours of equilibration and
every 2-3 days thereafter until fixation. After 3-4 weeks, the cultures were
fixed in 10% formalin and stained with safranin-O. Safranin-O positive 
colonies of ≥2 µm diameter were counted using a microscope. For each
corresponding monolayer condition, a total of 10 grids of 4mm2 each were 
counted.

3.3 Alginate differentiation assay 

Monolayer cultured, de-differentiated chondrocytes were resuspended in 
alginate solution containing 1.2% (w/v) potassium alginate (KELCO, 
Rahway, NJ) in 0.15M sodium chloride with 25mM HEPES buffer at pH 
7.0, at 106 cells/ml. Cells in unpolymerized alginate solution were loaded 
into a 10cc syringe with a 22 gauge needle, and added by dropwise 
expulsion into a 0.1M calcium chloride solution. The alginate was allowed to 
polymerize for 10 minutes in the calcium chloride solution, three-
dimensionally entrapping the cells in droplets of polymerized alginate. Cell 
seeded beads were washed twice in 0.15M sodium chloride with 25mM 
HEPES buffer at pH 7.0, to remove excess calcium, and then transferred to 
fresh DMEM supplemented with 10% FBS. The medium was changed every 
2-3 days. 
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3.4 Analysis of gene expression 

Re-differentiation of chondrocytes cultured under a variety of conditions
was analyzed by RNase protection assay [5]. Five ml aliquots of alginate
beads, corresponding to approximately 5 x 106 cells, were collected for RNA
and immunohistochemical analysis.

3.5 RNA Analysis 

Total cellular RNA was prepared from frozen pellets of approximately 5
x 106 cells using the RNeasyTM kit (Qiagen, Chatsworth, CA) according to 
the manufacturer's instructions. Typically, a yield of 5 to 15µg of total RNA 
was obtained. The purified RNA preparation was either frozen in water or
kept as an ethanol suspension at -80°C. All reagents were free of RNase. In
vitro transcription reactions were performed in order to obtain radiolabeled
antisense RNA probes specific for human type I, type II and type X 
collagens, as well as aggrecan and versican [11, 19, 21, 23, 29]. These 
probes were used for RNase protection assay.

3.6 RNase protection assay (RPA) 

RNase protection assays were performed using the Ambion HybspeedTM

RPA kit (Austin TX). Briefly, one microgram of total RNA was co-
precipitated with an aliquot of the purified probes (25,000 cpm per probe) by
the addition of 0.1 volume of 5M NH4O-acetate and 2.5 volume of ethanol.
After a 10 minute centrifugation, the pellet was washed with 70% ethanol,
dried and solubilized in 10µl of hybridization buffer. Radiolabeled antisense 
probes and sample RNA were allowed to hybridize for 10 minutes at 68°C,
and 100µ  of a 1:100 dilution of RnaseA/RnaseT1 mix in digestion buffer
was added. The digestion was allowed to proceed for 30 minutes at 37°C
before being terminated with the addition of inactivation/precipitation buffer.
The samples were centrifuged for 10 minutes and the pellets redissolved in 
10µ1 of sample buffer. The protected fragments were resolved by
electrophoresis on an 8M urea containing 4% polyacrylamide gel. The
results were visualized by autoradiography.

3.7 Immunohistochemical Analysis 

Primary antibodies, T40202R (Biodesign, Kennebunkport, ME) which
recognizes type I collagen, T40311R (Biodesign) for type II collagen, MO-
225 (Seikagaku, Rockville, MD) for chondroitin SO4, or normal rabbit IgG, 
were diluted 1:50 in phosphate buffered saline (PBS) and used to cover cells 
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fixed on microscope slides. The reaction was carried out in a humid
atmosphere at 37°C for one hour. The slides were then washed three times in 
PBS followed by incubation with a 1 :200 dilution of rhodamine-conjugated
goat anti-rabbit IgG in PBS as a secondary antibody, under the same
conditions described for the primary antibodies. Hoechst dye at 1 µg/ml was 
included in some experiments with the secondary antibodies for nuclear
staining. The slides were washed three times in PBS, mounted, and
examined with a fluorescence microscope.

4. CULTURE TECHNIQUES 

4.1 Anchorage Dependent Expansion in Monolayer

The primary objective for the propagation of any normal human cell type
is to develop standardized methods of tissue culture which consistently
produce high yields of functional cells. This objective requires special
emphasis when considering processes for the large-scale manufacture of
autologous cells for clinical use, as required for autologous chondrocyte
implantation [7]. The impact of changing the methods of cell culture for
articular chondrocytes on their ability to function has been tested using the
suspension culture assays described in the previous section. The strategy for 
optimizing the culture system and the results of these studies are discussed in 
this section. 

4.2 Autologous human serum (AHS) versus fetal bovine 
serum (FBS) 

Autologous human articular chondrocytes for clinical use were first
propagated in culture medium composed of Ham’s F-12 medium 
supplemented with 15% (v/v) autologous serum [7]. Cells from each
individual patient were cultured in medium supplemented with their own 
serum. The use of multiple lots of individual patient serum for culture of 
articular chondrocytes from each patient creates a potential for variability in 
the production of high quality cells, given the variable levels of growth and 
differentiation observed for cells in different lots of serum [28]. 

The colony-forming efficiency of ten different strains of human articular 
chondrocytes cultured in a single lot of FBS was compared to the colony-
forming efficiency of the same strains cultured in donor-matched autologous 
human serum (AHS). Human articular chondrocytes were isolated and 
cultured by two distinct methods [5, 7]. Biopsies of human articular cartilage 
were harvested from a minor load-bearing surface of the articular cartilage of 
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the affected knee, and then trimmed, bisected, and transported to the
laboratory for cell isolation. Isolated chondrocytes were propagated in
monolayer tissue culture in vessels containing either: Ham

,
s F-12 (F-12;

Gibco, Grand Island, NY) supplemented with 15% AHS (Method 1;
Brittberg et al., 1994); or Dulbecco's Modified Eagle's Medium (DMEM;
Gibco) supplemented with 10% FBS (Hyclone, Logan, UT) (Method 2;
Binette et al., 1998). All cultures were incubated at 37°C in a humidified 5%
CO2 environment, with medium changes every 2-3 days. Cells were
passaged at 80-90% confluence using 0.05% trypsin-EDTA and were diluted 
ten-fold for subculture. Trypsin was neutralized by addition of the 
appropriate serum (10% v/v). 

Following approximately three weeks of monolayer culture, 
chondrocytes cultured by both methods were tested for their ability to re- 
differentiate using the agarose suspension culture assay, as described 
previously [4]. The colony-forming efficiencies of chondrocytes cultured in 
medium supplemented with the single lot of FBS were at least as good as, if 
not better than the colony-forming efficiencies observed for the same patient 
strains grown in their own AHS (Figure 2). 

4.3 Impact of Donor Age on Chondrocyte 
Re-differentiation

The culture system developed for large-scale manufacture of autologous 
chondrocytes for clinical use must be robust in its ability to support 
proliferation, and ultimately re-differentiation of cells derived from patients 
of varied age. Therefore, the re-differentiation of chondrocytes derived from 
the articular cartilage of individuals ranging in age from 5-65 years was 
examined by agarose assay. Chondrocytes from each individual were 
cultured in monolayer for at least three weeks in DMEM supplemented with 
10% (v/v) FBS, harvested, and then seeded into agarose suspension culture 
for assessment of colony forming ability (Figure 3). 

4.4 Development of a defined medium for articular 
chondrocyte culture 

Human articular chondrocytes were initially seeded at 3-4000 cells per 
cm2 and allowed to attach to tissue culture plastic for one day in DMEM 
supplemented with 10% FBS. Following overnight incubation, culture 
medium was removed and replaced with DMEM/FBS as control, or the 
defined medium, as described below. 
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Figure 2. Comparison of chondrocyte culture in autologous human serum versus 
fetal bovine serum. Human articular chondrocytes were cultured in medium 
supplemented with fetal bovine serum or donor-matched autologous human serum. 
Re-differentiation of chondrocytes was assessed by counting colonies in agarose 
suspension culture as described in Section 3. 

Figure 3. Effect of patient age on the ability of chondrocytes to form colonies in 
suspension culture following proliferative expansion in monolayer. The colony-forming
ability of human articular chondrocytes derived from the articular cartilage of 22 donors 
ranging in age from 5 to 65 years was assessed following monolayer culture into the third 
passage (approximately 7-10 population doublings). 
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Figure 4. Figure 4: Cell yield following culture of human articular chondrocytes in different 
formulations of defined medium. Cell yields were compared following culture of normal 
human articular chondrocytes in (A) serum containing DMEM/FBS; or serum-free DRF 
medium supplemented with (B) insulin, transferrin, and selenium (ITS+); (C) ITS+ and 
insulin-like growth factor-1 (IGF-1); (D) ITS+, IGF-1, and basic fibroblast growth factor 
(bFGF); (E); ITS+, IGF, bFGF, and fibronectin (FN); or (F) ITS+, IGF, bFGF, FN, and 
hydrocortisone (HC). 

Defined medium was composed of a 1:1:1 mixture of three basal media: 
DMEM, RPMI-1640, and Ham’s F12 + HEPES (Gibco), referred to 
hereinafter as DRF. DRF was then supplemented with (a) ITS+ (insulin at 10 
µg/ml, transferrin at 5.5µg/ml, and selenium at 7ng/ml), linoleic acid 
(5µg/ml), ethanolamine (2µg/ml), and bovine serum albumin (1mg/ml); (b) 
ITS+, with and without insulin-like growth factor-I (IGF-I); (c) ITS+, IGF-I,
with and without basic fibroblast growth factor (bFGF); (d) ITS+, IGF-I,
bFGF, with and without fibronectin; or (e) ITS+, IGF-I, bFGF, fibronectin, 
with and without hydrocortisone. The culture medium in serum-containing 
cultures was completely replenished every 2-3 days, whereas cultures 
containing defined medium were not replenished. The cell yields obtained 
using complete defined medium were equivalent to those obtained in control 
cultures (Figure 4). 

Articular chondrocytes cultured in DMEM supplemented with 10% FBS 
grew to confluence within 7-9 days (Figure 5A). The morphology of cells 
cultured in DRF with ITS+, and with ITS+ supplemented with IGF-I, was 
characterized by large cells having thin processes (Figures 5B and 5C). The 
addition of bFGF and fibronectin enhanced chondrocyte morphology, with 
smaller, more numerous, refractile cells (Figures 5D and 5E). Finally, the 
addition of hydrocortisone to DRF supplemented with ITS+, IGF-I, bFGF, 



Articular Cartilage 11

and fibronectin resulted in the achievement of culture confluence and a 
morphology which was indistinguishable from control, DMEM with 10% 
FBS (Figure 5F). 

4.5 Re-differentiation of articular chondrocytes cultured 
in defined medium 

Human articular chondrocytes were harvested from monolayer culture by 
trypsinization using 0.05% trypsin and 0.5mM EDTA or, for defined 
medium cultures, trypsin was neutralized using recombinant 1.0% human 
alpha-1-anti-trypsin. Cells were seeded directly into either defined medium 
or DMEM supplemented with 10% (v/v) FBS as control. The ability of 
chondrocytes to re-differentiate in suspension culture, following proliferative 
expansion in complete defined medium, was equivalent to that from serum-
containing control cultures (Table 1). 

Table 1. Re-differentiation potential (%) of human articular chondrocytes following 
proliferative expansion in defined medium. 

Donor Age (years) Medium for Proliferative Expansion 

DMEM w/10% FBS Defined Medium 

24 28.5 31.6 
31 20.3 24.9 
35 22.5 20.5 

5. UTILITY OF THE SYSTEM 

The clinical application of autologous chondrocyte implantation to the 
treatment of articular cartilage defects has stimulated the development of 
highly reproducible, standardized methods for human articular chondrocyte 
isolation and culture. The autologous nature of the chondrocyte implantation 
procedure requires that the cell culture medium must promote rapid 
proliferation and maintenance of re-differentiation potential of adult human 
articular chondrocytes in patients of varied health and age. 

The articular chondrocyte culture system developed by Brittberg et al. 
(1994) used serum derived from each individual patient as a culture 
supplement. The inconsistent maintenance of articular chondrocyte re-
differentiation potential, measured by suspension culture analysis, in these 
matched donor “lots” of AHS is the likely result of varying levels of growth 
and differentiation factors present in different lots of serum [12, 28]. This 
variability was reduced when the same human articular chondrocyte strains 
were cultured in a single lot of FBS (Figure 2). 
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Figure 5. Phase contrast photomicrographs of normal human articular chondrocytes cultured 
in (A) serum-containing DMEM/FBS; or serum-free DRF medium supplemented with (B) 
insulin, transferrin, and selenium (ITS+); (C) ITS+ and insulin-like growth factor- 1 (IGF- 1);
(D) ITS+, IGF-1, and basic fibroblast growth factor (bFGF); (E); ITS+, IGF, bFGF, and 
fibronectin (FN); or (F) ITS+, IGF, bFGF, FN, and hydrocortisone (HC). 

Although serum has been widely used for mammalian cell culture, there 
are several potential problems associated with its use: 1) serum contains 
many unidentified or non-quantified components and therefore is not 
“defined”; 2) the composition of serum varies from lot to lot, making 
standardization difficult for experimentation or other uses of cell culture; 3) 
because many of these components affect cell attachment, proliferation, and 
differentiation, controlling these parameters, or studying the specific 
requirements of cells with respect to these parameters, is precluded by the 
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use of serum; 4) some components of serum are inhibitory to the 
proliferation of specific cell types, and to some degree may counteract its
proliferative effect resulting in sub-optimal growth; and 5) serum may
contain adventitious agents that could affect the outcome of experiments or 
provide a potential health hazard if the cultured cells are intended for
implantation in humans [12].

The potential problems associated with culturing chondrocytes in serum-
containing medium can be addressed by using serum that is extensively
screened for safety and efficacy, as is currently done, or using a defined 
serum-free medium. The development of defined medium must be tailored to
the cell type of interest since requirements for specific nutrients, growth and
attachment factors, hormones and other components vary from one cell type
to another. 

Chondrocytes produce and secrete factors that promote their own 
attachment and proliferation [24]. Examples include bFGF [14], insulin-like
growth factors [13], transforming growth factor-β [26], vitronectin, and
possibly some unidentified factors that promote their attachment and
proliferation. Maximal cell proliferation and maintenance of redifferentiation
capacity were achieved when serum-free, chemically defined medium (DRF)
was supplemented with IGF-I, bFGF, hydrocortisone, and fibronectin
(Figures 4 and 5).

Previous attempts to culture articular chondrocytes in defined medium
have been partially successful [1, 17]. However, exposure to undefined 
bovine serum was necessary in these systems for 24-48 hours for
chondrocyte attachment. While the addition of purified human fibronectin to 
the defined medium facilitated chondrocyte attachment, the use of undefined
serum was slightly superior. Finally, there was no difference in the ability of
human articular chondrocytes expanded in defined medium to re-
differentiate, as compared to the same human articular chondrocyte strains 
expanded in FBS-containing medium (Table 1).

6. CONCLUDING REMARKS 

6.1 The Future Leads to Tissue Engineering

Tissue engineering has been proposed as a solution for complex clinical
problems ranging from structural repair of localized tissue damage to 
restoration of systemic physiology. The successful treatment of such varied
clinical problems with tissue engineered products depends upon the ability
of tissue engineered products (i.e. cells, matrices, and/or growth factors) to 
function in a clinically relevant manner. 
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The current autologous chondrocyte implantation procedure, with cells
delivered in suspension, has a clinical success rate of 80-85% for single
contained cartilage defects on the femoral condyle in an otherwise healthy 
knee [8, 20, 22]. However, patient recovery and return to full physical
activity may take up to twelve months, due to the invasiveness of the
surgical procedure and the time required for articular chondrocytes to re-
differentiate and produce functional hyaline articular cartilage matrix [5].
Therefore, the combination of articular chondrocytes with a biocompatible
extracellular matrix delivery vehicle, delivered in a non-invasive manner and
supplemented with cell growth and differentiation enhancing agents,
represents an attractive strategy for articular cartilage repair. The
maintenance of the articular chondrocytes’ capacity to re-differentiate in 
these tissue engineered constructs will help to guide the future of hyaline
articular cartilage repair in the knee. 
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1. INTRODUCTION 

The term “musculoskeletal system” suggests that muscles and bones are 
the key components of this system. However, without ligaments and 
tendons, the supportive and locomotor functions of this system would be 
impossible to use. 

Tendons serve as connections between muscle and bone, thereby 
allowing the muscles to exert their contractile action. Most muscles in the 
human body have a tendon between the muscle and its distal bony 
attachment site. In some instances, the proximal part of the muscle appears 
to connect directly to the bone. The shape and size of the tendon can vary 
greatly. Flat and broad muscles tend to have flat and short tendons, such as 
the deltoid muscle of the shoulder. Long and often slender muscles tend to 
have long and round tendons such as finger flexor tendons. 

Ligaments provide stability for a joint as the muscle-tendon units can 
move that joint through a certain range of motion. Most ligaments can be 
found outside the joint cavity as separate structures or as thickened bands in 
the capsule. Some ligaments have an intra-articular location and are entirely 
within the joint cavity. The anterior cruciate ligament of the knee is an 
example of an intra-articular ligament. 

For a long time, both tendons and ligaments have been considered rather 
passive structures with simple anatomic features. During the past two 
decades, there has been a remarkable increase in research interest in 
ligaments and tendons largely because of the high prevalence of injuries to 
these structures. Tendon and ligament injuries comprise the majority of all 
musculoskeletal injuries seen both in sports and occupational medicine [ 1]. 
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Acute ruptures, often called sprains or strains, as well as chronic conditions 
such as tendonitis, are common in both young and elderly patients. 

Tendons and ligaments are not simple and straightforward structures as 
previously thought. Under light microscopy, tendons and ligaments appear 
somewhat similar, with wave-like extracellular matrix comprised mainly of 
Type I collagen in the load bearing tendon fascicles and Types I and III 
collagens in the epitenon [2]. Fibrillar collagen molecules are long triple 
helix proteins that are crosslinked and give the tendons and ligaments their 
ability to withstand tensile forces. Interspersed between the fibrils are 
syncytial fibroblasts that produce and maintain this extracellular matrix. 
More in depth investigations have revealed clear differences, however, 
between as well as within ligaments and tendons [3]. Collagen fibril 
diameter measurements have shown predominantly large diameter fibrils in 
tendons as opposed to smaller fibrils produced by the ligament fibroblasts. 
Tendon fibroblasts appear to consist of different subpopulations. The outer 
layer of the tendon or epitenon contains surface fibroblasts that can be 
isolated separately [4]. The core of the tendon contains internal fibroblasts 
(IF) that have distinctly different properties when compared to the tendon 
surface cells (TSC). This is most likely related to their physiologic function, 
as the TSC appear to be involved with maintaining the gliding surface of the 
tendon and respond first to traumatic injury by migrating to the wound site, 
and then dividing. 

Within ligaments and tendons themselves, significant differences exist. 
Some tendons course around bony prominences at rather sharp angles. At 
those sites, significant compression is exerted on the tendon in addition to 
the tensile forces. Metaplasia to cartilage-like extracellular matrix with 
chondrocyte-like cells can be found at those sites [5]. Similar cartilaginous 
changes have been reported directly adjacent to bone at some bony 
attachment sites [6]. Cartilaginous transition zones have also been reported 
at ligament insertion sites [7]. 

The difference in healing characteristics of intra-articular versus extra- 
articular ligament has led to research on the differences within ligament 
fibroblasts. Differences in the response to mechanical stimulation, growth 
factors and cell adhesion have been found, particularly when comparing 
medial collateral ligament fibroblasts and anterior cruciate ligament 
fibroblasts of the knee [8-10]. 

Both tendon and ligament cells respond to growth factors by cell 
migration, cell division and matrix expression. Platelet-derived growth factor 
(PDGF-BB) and epidermal growth factor (EGF) elicit maximal cell 
migration in tendon cells, whereas insulin-like growth factor (IGF-I) and 
transforming growth factor-β (TGF-β) stimulate migration in vitro to a lesser
extent [11]. Ligament cells have a similar response, except that EGF may be 
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a more potent stimulator for migration. For cell division in tendon cells, 
PDGF-BB is most potent, followed by EGF, IGF-I and TGF-β Ligament
cells respond similarly. Combinations of PDGF-BB and IGF-I stimulate cell 
division maximally. For collagen expression in tendon cells, IGF-I and TGF-
β are most stimulatory. The same holds for ligament cells.

Research on tendon and ligament fibroblasts is still relatively new. Future 
research needs to define the tendon and ligament fibroblasts better. 
Subpopulations are still being found and culture techniques are being 
developed. This chapter describes current culture techniques and 
applications.

2. TISSUE PROCUREMENT AND PROCESSING 

The procurement of human ligament or tendon tissue is difficult because 
of the relatively inaccessible location of these structures. A few options exist 
to procure normal tissue samples from live donors. Knee ligaments are 
probably the most commonly studied ligaments of the musculoskeletal 
system. Access to the knee joint in a live donor can be gained through 
arthroscopic methods. Through small stab incisions, a fiberoptic camera 
system and instruments can be introduced into the knee under local 
anesthesia. Both the anterior and posterior cruciate ligaments can be 
visualized with this method. Small biopsies can be taken without undue 
damage to the overall integrity of the ligament. The reported use of this 
technique has focused on biopsies of ruptured anterior cruciate ligaments 
when the arthroscopy is done as part of the treatment [ 12]. An arthroscopy 
done solely for the purpose of obtaining a biopsy is difficult to justify, as this 
represents a costly procedure with associated surgical risks. A similar 
procedure could theoretically be done in the shoulder joint with biopsy of the 
glenohumeral ligaments, although this has not been reported for in vitro 
studies. Tendons are also relatively inaccessible. Percutaneous biopsy of the 
Achilles tendon in humans has been reported for histologic evaluation [ 13]. 
Presumably, this would also be an option to obtain a sample for culture. 
Occasionally, normal tendon tissue can be obtained during reconstructive 
surgery. In particular, tendon grafting and transfer procedures involve the 
use of normal tendon tissue. Often, excess tendon tissue is discarded, but can 
be used as an excellent source of tendon fibroblasts. Care should be taken 
not to use tendon that is located immediately adjacent to bone or near a bony 
prominence as chondrocyte-like cells may be present in these regions [5, 6]. 

Specimens for culture of abnormal tissue are generally available 
because of surgical treatment for these abnormalities. Ruptured tendon and 
ligaments are often treated with surgical repair or reconstruction. The torn 
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edges of the tendon or ligaments are often removed and discarded, and these 
can be used as a source of cells. However, tendon ruptures are often due to 
pre-existing degeneration of the tendon, and the cells that can be cultured 
from these specimens are not necessarily normal tendon fibroblasts [14]. 
Rupture of the ligaments is more likely to occur without pre-existing 
pathology. If specimens are obtained from ruptured ligaments, they can 
probably be regarded as normal tissue if collected shortly after the rupture 
and before a significant healing response has occurred. 

Fresh cadavers are probably the most common source of tendon and 
ligament specimens. Technically, any tendon or ligament can be used as a 
source of cells. Again, it may be important to avoid using tissue immediately 
adjacent to bone as this often contains a cartilaginous zone [6, 7]. There are 
no reported studies that indicate the maximum time after death that would 
still allow harvest of viable fibroblasts. This time can probably be extended 
if the structure is cooled quickly after death of the donor. 

The harvest of specimens should be done under sterile conditions. 
Initially, the area is cleaned with an antibacterial soap and subsequently 
wiped with 70% ethanol. Following incision of the skin and dissection of the 
tendon or ligament, a tissue specimen can be collected and wrapped in 
moistened sterile gauze in culture medium with antibiotics without serum. If 
the specimens have to be transported, it is generally done in sterile 
containers with standard culture medium (e.g. Dulbecco’s Modified Eagle’s 
Medium and antibiotics without serum). Prior to explantation, the specimens 
should be prepared in a sterile hood using sterile techniques. 

Ligament specimens may have a synovial covering, particularly if they 
are intra-articular ligaments. This can be carefully scraped off with a sharp 
instrument. Large specimens are sectioned transversely in multiple segments 
to expose more of the core of the ligament. These segments are then cultured 
using standard tissue culture techniques (see section 4). 

Tendon specimens can be treated similarly. However, since there are 
different subpopulations of tendon fibroblast, it may be important to separate 
those first [4]. To separate the tendon surface cells (TSC) from internal 
fibroblasts (IF), the tendon specimens are incubated in 0.5% collagenase in 
EBSS calcium-containing medium, using culture tubes in a roller apparatus 
for 10 minutes. The medium is decanted after 10 minutes and replaced by 
0.25% trypsin in DMEM-H with HEPES (pH 7.2) and antibiotics for another 
10 minutes. Subsequently, the tubes are vortexed for 1 minute and the cells 
are allowed to settle. Tendon specimens are then removed, leaving mostly 
TSC that can be plated in serum-containing medium. The removed tendon 
specimen is used to culture IF. The remaining epitenon is scraped off with a 
rubber policeman and removed by cutting off each end of the tendon. The 
specimen is minced with a sterile scalpel into approximately 1mm3 pieces
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and incubated with 0.5% collagenase for 45 minutes at 37°C. The 
supernatant fluid and cells are sedimented at low speed (900 g for 5
minutes). The pellet will contain mostly IF that can be plated in serum 
containing medium. 

3. ASSAY TECHNIQUES 

Relatively little is known regarding the specific characteristics of 
subpopulations of ligament and tendon fibroblasts. Particularly in ligaments, 
it is not clear whether there are distinct subpopulations. Differences have 
been found between fibroblasts derived from the medial collateral ligament 
(MCL), an extra-articular ligament, as compared to those derived from the 
anterior cruciate ligament (ACL), an intra-articular ligament [15]. 
Morphologically, ACL fibroblasts appear more hexagonal, whereas MCL 
cells seem more spindle shaped and elongated. Phalloidin staining revealed a 
larger number of microfilaments in ACL cells. Proliferation and migration 
appeared to be significantly lower in ACL cultures. A medium-dependent,
differential response to fluid-induced shear stress has also been found [8]. 
Similarly, different responses to several growth factors have been found in 
cultured ligament cells [9]. However, these previously mentioned studies 
have used animal cells, and it is not known whether similar differences exist 
in human cell types. The only study involving human cells showed a 
difference in signal pathways upon binding to fibronectin [10]. Using a 
micropipette-micromanipulation system, the individual cell adhesiveness to 
a fibronectin-coated glass surface was determined. By using inhibitors of 
signaling pathways, it was found that MCL fibroblasts play a crucial role in 
cAMP and Ca2+/phospholipid signaling during integrin-mediated cell 
adhesion. In ACL fibroblasts, this signal pathway appears to play only a 
minor role. Whether this truly represents a phenotypic difference, and is 
therefore usable as an assay technique, is yet to be determined. 

Cultured tendon cells, following separation into TSC and IF, can be 
evaluated [4]. Microscopy has revealed that TSC are relatively large cells 
with lipid-containing cytoplasmic vesicles. Conversely, IF are smaller, 
fusiform cells that are more sensitive to trypsin, as compared to TSC. When 
comparing proliferation rates, TSC have a shorter generation time. 
Immunohistologic staining for fibronectin, as well as ELISA and mRNA 
quantitation, have been used to distinguish TSC and IF in culture [16]. 
Fibronectin levels are markedly increased in TSC culture, as compared to IF 
culture. TSC and IF have different gene responses to growth factors and 
other agonists, particularly in response to mechanical loading [17, 18].
Studies on tendon cell subpopulations also involve the use of animal 
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specimens. Although not published, we have been able to confirm similar 
findings in our laboratory using human specimens. However, because of the 
difficulties in obtaining fresh, normal human specimens, only a limited 
number of investigations have been done using human cells. 

4. CULTURE TECHNIQUES 

Explants, as well as isolated human tendon and ligament fibroblasts, can 
be readily grown using standard cell culture techniques. Most studies use 
commercially-available culture dishes or flasks. Viable cells will become 
adherent to the surface of the dish or flask within 15 minutes to 2 hours.
However, over-treatment with collagenase and trypsin upon isolation will 
compromise attachment, and may even result in cell death. The basic 
medium used for most studies is Eagle’s minimal essential medium or 
Dulbecco’s modified Eagle’s medium at neutral pH (7.0 – 7.2). Depending 
on the purpose of the culture, several additions to the medium may be 
necessary. For studies extending over several days, standard antimicrobials 
are generally added to avoid infection of the culture medium. Various 
combinations are used, often including streptomycin ( 100 µg/ml), penicillin 
(100 U/ml) and amphotericin B (0.25 – 2 µg/ml). 

Addition of 10% FBS, non-essential amino acids, insulin, transferrin, 
selenium and L-glutamine (4 mM) are generally used if proliferation of the 
fibroblasts is desired. Recent studies have shown that proliferation can also 
be stimulated with different methods. Mechanical stimulation through in 
vitro stretching of the cells appears to amplify the proliferative response of 
tendon fibroblasts [19, 20]. The in vitro stretching can be accomplished by 
growing isolated cells in specially designed culture wells that contain a 
flexible base. After placing the wells on an airtight rubber gasket, the 
pressure underneath the well can be reduced in a cyclic manner using a 
computer-controlled pressure system. This results in a stretching of the 
flexible substrate and the cells attach to the substrate. Experimental devices 
to stretch entire tendon segments in vitro have also been used. Those devices 
are generally custom-built, and have mainly been used for animal tendon 
specimens [21]. Addition of PDGF-BB or TGF-β has also resulted in dose-
dependent proliferative responses in some animal tendon and ligament 
fibroblasts [22, 23]. No studies on human cells are available in this regard. 

Addition of ascorbic acid (0.5 mM) to the medium may be important if 
the production of collagenous matrix by the cultured cells is an important 
feature of the study. Ascorbate appears to be an essential factor in this 
process. Additional stimulation of matrix production in animal ligament 
fibroblasts has been observed with TGF-β [9].
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Several additional substrates are available for use in ligament and tendon 
fibroblast culture. Collagen-coated culture wells are often used when flexible 
well bases for mechanical stretching are needed. This allows for a firm 
adherence of the cells to the base of the well, thereby allowing stretching by 
as much as 25% compared with the resting length. Similarly, fibronectin-
coated surfaces are used to test the adhesiveness of fibroblasts [ 10]. 

Fibroblasts usually are cultured under standard conditions. A humidified 
incubator at 37°C with 5% CO2 and 95% air is recommended. The culture 
medium is generally changed every 2 to 4 days to maintain active 
proliferation. Once confluent cultures are obtained, the cells can be 
subcultured in multiple wells (usually a 1:2 or 1:3 split) for another passage. 
In order to split the cells, the culture is first washed several times with PBS 
at pH 7.2. Subsequently, cultures are treated with trypsin (0.05%) with 
gentle shaking, collected, washed and diluted, and then re-plated in serum-
containing medium in new wells. It is generally assumed that multiple 
passages will result in some loss of phenotypic features, and although 
precise data on human fibroblasts are not available, their use is confined to 
the first 6 passages. 

5. UTILITY OF SYSTEMTHE

There is a great interest in improving the rate and quality of healing in 
ligament and tendon injuries. In vivo models are expensive and cumbersome 
and so the culture of fibroblasts has allowed a relatively simple and 
economic means of testing the individual effects of growth factors and other 
substances that theoretically could improve ligament and tendon healing. 
Once positive effects on proliferation and/or matrix production are found, 
they can be tested on in vivo models. One major limitation of in vitro studies
is the lack of inflammatory features in cell culture. Most ligament and 
tendon injuries are thought to have some components of inflammation in 
vivo. It is difficult to duplicate this environment in a cell culture system. 
However, recent studies indicate that tendon cells are responsive to 
inflammatory cytokines. 

Another major application of fibroblast cell culture is research into 
mechanotransduction. Clinically, it has been evident for many years that 
motion can control many processes in the musculoskeletal system. Both in 
physiological and pathological states, mechanical stimulation appears to 
control function and healing. Culture systems have been devised that can 
exert precise mechanical stimulation of cells or explants. This has allowed 
study of the beneficial effects of motion, cell adhesion and combination of 
mechanical stimulation and growth factors. 
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The most recent research using fibroblast cell culture has been aimed at 
gene therapy. By introducing viral vectors into cultured fibroblasts, certain 
genes can be implanted. Expression of genes that control certain cytokines or 
growth factors can potentially improve the rate and quality of ligament and 
tendon repair. Reimplantation of these transduced fibroblasts into the injured 
area could accomplish this goal. Studies in this field are still in their infancy, 
and the feasibility of such an approach has yet to be proven [24, 25]. 

6. CONCLUDING REMARKS 

Culture of human ligament and tendon fibroblasts is clearly possible with 
relatively simple culture techniques. Unfortunately, human specimens are 
not easy to procure, and currently most studies rely on animal data. Much 
work is yet to be done to fully characterize subpopulations of human 
fibroblasts. In spite of these limitations, in vitro studies have already yielded 
interesting findings that could become clinically relevant. 
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INTRODUCTION

The periodontal ligament (PDL) is the fibrous connective tissue 
providing the attachment of the root of a tooth to the surrounding alveolar 
bone. The PDL is thus the central component of the periodontal attachment 
apparatus, connecting two mineralized tissues, the root surface cementum 
and alveolar bone proper. The main function of the PDL is to support the 
tooth in the bone in response to forces applied to the tooth as may be found 
during mastication. This supportive function is accomplished through the 
numerous collagen fiber bundles comprising the bulk of the PDL. These 
fibers insert into the mineralized tissues and, in response to forces, may 
stimulate metabolic activity in these mineralized tissues. 

The PDL, in its supportive role, appears to be of primary importance in 
maintaining the homeostatic relationship between the two mineralized 
tissues.This is most obvious clinically in orthodontic tooth movement. 
During such controlled tooth movement, on the pressure side of the root in 
which the PDL is compressed against the osseous tissue, there is bone 
resorption. In circumstances in which these forces are exerted in excess, 
there is a tendency for resorption of the mineralized root surface as well as 
the bone tissue. On the tension side of the root surface in which the PDL is 
stretched between the two mineralized tissues, there is bone formation. In 
clinical situations in which forces are applied in more than one direction, the 
ligament may “adapt” to the forces by widening in multiple directions with 
compensatory bone resorption circumferentially. In addition to providing 
functional support, the PDL also has formative, nutritive, and sensory roles. 
However, at present it is the supportive, and perhaps, the formative roles of 
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this tissue that provide its primary clinical, and therefore research, 
importance.

Clinically, destructive periodontal disease leads to the degradation of the 
PDL and adjacent alveolar bone. The progressive loss of these tissues may 
ultimately lead to loss of the tooth. Therefore, recent therapeutic efforts have 
focused on the potential to not only inhibit this disease progression, but to 
actually reverse the degradative process and regenerate the periodontal 
tissues.

The potential for these tissues to regenerate appears to be selectively 
associated with the PDL [1]. It is thought that cells from the PDL are critical
in their migration and proliferation into the periodontal wound space, and 
subsequent differentiation into cells capable of reforming all three tissues of 
the periodontal attachment apparatus. Recent research efforts have focused 
on understanding and regulating the regenerative potential of cells derived 
from the PDL. 

This leads to the question as to which cells from the PDL are important in 
this regenerative process. The PDL consists of numerous cell types, 
including fibroblasts which are the main cells in the tissue, cementoblasts 
which line the root surface, osteoblasts, epithelial cell rests of Malassez, and 
undifferentiated mesenchymal stem cells [2]. Although the answer to the 
question of which cells are important to regeneration is as yet unknown, it 
has been suggested from kinetic data that perivascular progenitor cells may 
be critical to the regenerative process [3]. However, it is uncertain whether 
the perivascular cells are selected through current culturing techniques. 

Many of the original studies leading to in vitro culture techniques were 
related to the development and function of the PDL. The questions ranged 
from trying to understand the significance of isolated islands of epithelial 
cells (the epithelial rests of Malassez) within the PDL to potentially seeding 
the root surfaces of allogenic teeth with recipient cells for transplantation 
without immune reactions [4, 5]. However, most recent in vitro research has 
focused on the fibroblastic cells cultured from the PDL as a potential stem 
cell population leading to regeneration of the periodontal attachment 
apparatus.

Consistent with fibroblastic cell populations derived from other tissues, 
these studies have identified heterogeneity in the cell populations cultured 
[6, 7]. The variety of responses that are related to PDL cells suggest that 
there may be considerable heterogeneity in cell populations [8- 10]. Primary 
cultures of these fibroblastic cells have been demonstrated to vary in their 
cellular activities and their responses to specific environmental stimuli. 
Fibroblastic populations have been shown to vary in their production of total 
collagen, and in the relative proportions of types I and III collagen produced 
[11]. Although heterogeneity has been documented between cell 
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populations, this finding does not appear to be absolute, at least with regard 
to growth factors. Multiple populations of PDL cells have been shown to 
respond uniformly to numerous growth factors [12, 13, 14], and have also 
been shown to be uniform in their expression of growth factor receptors. 

Though the heterogeneity between populations of these cells is well-
established, there is little certainty as to the role differentiation plays in this 
process. In vivo, it is believed that the pluripotential stem cells from the PDL 
may differentiate into mineral forming cells. In vitro, recent studies have 
begun to document and characterize this pattern of differentiation toward a 
mineralizing phenotype. 

Early attempts to harvest tissues from the PDL focused on two aspects. 
First was the mechanical separation of the PDL tissues from the root surface; 
and second, the need to enzymatically release the cells from the tissue 
explants prior to culturing. One of the earliest techniques used to culture 
PDL was to break apart the root of the tooth and put it in culture with the 
PDL tissues still adherent to the exterior of the root fragments [4]. This study 
was one of the first to demonstrate that PDL cells could be cultured in vitro. 
The only problem with this technique is that it did not preclude culturing of 
cells derived from the tissues in the pulpal area of the tooth. Therefore, the 
need to separate the PDL tissue from the root was considered. As we come 
to better understand specific cell functions within these unique tissues, it has 
become evident that this too may have its drawbacks. Most reports, both 
previous and current, use some method of mechanical separation of the PDL 
from the root surface. There are a few laboratories that are enzymatically 
releasing the cells from the tissue [15]. Initial work at culturing also utilized
both explant techniques and cell suspension techniques with success. Early 
plating efficiencies were reported in the range of 0.01-0.07% [5, 16,]. 
Currently used techniques, as described below, are capable of providing 
viable PDL cell cultures on a consistent basis; however, the characterization 
of these cell populations and the influence of culture conditions on cell 
phenotypes remain incompletely understood. 

2. TISSUE PROCUREMENT 

The periodontal tissues surrounding the teeth can be separated into the 
PDL, gingival tissues, and alveolar bone. Generally, the PDL tissue used in 
culture explants is isolated from extracted teeth. The PDL is continuous with 
the gingival connective tissues at the crest of the alveolar bone. Careful 
attention toward anatomic characteristics that discriminate the levels of root 
structure contained within the bone is important in separately culturing these 
two tissues. Otherwise, there is potential for contamination of the PDL 
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culture with tissues from the gingiva. By using extracted teeth to harvest 
PDL tissues, the bone tissue is effectively eliminated as a potential 
contaminating source of the tissue cultures. The extraction process usually 
results in the tearing of the PDL itself with a portion of the PDL remaining 
attached to the alveolar bone, and a portion of the PDL remaining attached to 
the root surface. It appears from clinical studies of both tooth avulsion / 
replantation, and regeneration of the attachment apparatus, that the portion 
of the PDL remaining on the root of an extracted tooth is critical to normal 
clinical healing of the attachment. Therefore, it is this tissue retained on the 
root surface that is cultured for in vitro investigations related to periodontal 
regeneration.

Once an extracted tooth has been obtained, it should be placed 
immediately into medium to prevent desiccation of the thin layer of tissue 
remaining on the root surface. Clinically, the time element with which the 
tissues can be maintained intact on the root surface following tooth removal, 
prior to successful healing with tooth replantation, has been shown to be 
about 30 minutes [17, 18]. Generally, we use Dulbecco’s Modified Eagle’s 
Medium (DMEM) to minimize dessication of the PDL tissue retained on the 
root.

The typical harvesting of PDL tissue is by mechanical scraping of the 
tissue remaining on the root surface following extraction. This is usually 
done with a sharp instrument such as a scalpel. The tissue fragments 
removed through this procedure are then placed into a culture system. 

Before discussing culturing systems, there are several concerns that have 
been raised in regard to the collection of these primary tissues. These 
concerns include which part of the root surface is harvested, 
eruptive/functional status of tooth from which the tissue is collected, the age 
of the patient and the effect of scraping, which may remove the cementa1 
layer along with the ligamentous tissue. In addition, a concern that has 
received considerable research effort is the difference between the 
connective tissues of the gingiva and the PDL. 

It is apparent that in vitro cell cultures derived from these two distinct 
tissues, the gingiva and PDL, have significant differences [19, 20]. In order
to ensure that tissue harvested from the root of an extracted tooth does not 
contain tissue fragments from the gingiva, the middle third of the root 
surface is utilized as the tissue source on periodontally healthy teeth. 
Likewise, the tissues in the apical third of the tooth are avoided to minimize 
the culturing of pulpal tissues. These apical tissues often have inflammatory 
changes associated with pulpal infection, quite often the cause for the 
extraction.

The concern over the type of tooth used as a source may be irrelevant. 
There is little evidence for differences in derived cultures according to the 
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type of tooth. However, the potential for such differences has prompted 
some investigators to utilize only fully erupted and functionally active teeth. 

The role of donor age appears to be of some significance, with older 
donor tissues being more fibrotic and less likely to lead to primary cultures 
[21]. The eruptive status has been considered to be a potentially important 
factor in primary culture characteristics. However, a recent study compared 
unerupted third molars with erupted premolars removed for orthodontic 
reasons and found no differences between the cultures established from these 
two sources [22]. 

The last factor to consider in establishing in vitro cell cultures using the 
mechanical isolation of tissue is the potential for the collection of 
differentiated cells lining the cementum surface of the tooth, cementoblasts 
[23]. These cells are capable of producing the mineralized outer root surface 
layer, and this process is continuous. The possibility exists that many of the 
tissue culture populations established from the PDL are actually derived 
from the cementa1 tissue. One of the more difficult aspects of explant 
collection is trying to separate fibroblasts derived from the PDL from 
cementoblasts lining the root surface. Unfortunately, there is no known 
marker capable of identifying these cells. At present, it is unclear which cell 
types are typically being cultured through this process, and one possibility is 
that PDL cultures demonstrating an osteoblast-like phenotype may be 
cultured cementoblasts. 

An alternative approach to harvesting PDL has been used in a murine 
model. This harvesting technique is obviously impractical to use with human 
tissues, but is mentioned here because it presents an interesting alternative to 
the previous discussion. In this model, the teeth are extracted and extraction 
sockets allowed to heal for about one to two weeks. After this healing time, 
the granulation tissue within the extraction socket is removed and explanted 
in culture medium [24]. Earlier, it was stated that during the extraction 
process, the PDL tears in half and the tissue retained on the root is utilized. 
This model attempts to utilize the PDL tissues normally left attached to the 
alveolar bone. It is thought that the proliferation of cells from the remaining 
PDL tissue lining the extraction socket fill the extraction site during the 
initial healing period. It is these cells that are then harvested. 
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Figure 1. Phase contrast micrographs of human periodontal ligament cells showing two 
distinct patterns of cell growth (original magnification 10X). Top view shows whirled pattern 
with cell orientation in multiple directions. Bottom view shows confluent layer of cells 
oriented in parallel. 
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3. ASSAY TECHNIQUES 

Human PDL cells have not been well-characterized despite considerable 
research efforts. This is in part due to the heterogeneity between cell cultures 
and between sub-populations within a given cell culture, and in part to the 
relatively non-distinctive nature of the cells themselves. Morphologically, 
the cells have a typical fibroblastic appearance that with confluence can have 
either a parallel or whirled pattern [10] (Figure 1). It has been suggested by 
one study that the differences in the patterns may correlate with the 
phenotype of the cells. Cells cultured from the PDL have been identified as 
having one of two distinct phenotypes, either fibroblastic or osteoblastic 
[10]. The fibroblastic cells are thought to have a parallel pattern, and the 
osteoblastic cells are thought to have a whirled pattern. 

PDL cell populations have been well characterized for collagen 
production, and are becoming better characterized relative to their potential 
for mineralizing phenotypes. PDL cell cultures have been shown to produce 
collagen types I, III, and V, although there was considerable variability in 
percentages of production between different populations [11]. There has 
been one report of an attempt to develop specific antibodies for PDL. 
Unfortunately, the specificity of the antibodies was limited, with significant 
cross-reactivity to other tissues [25]. Most current research is aimed at 
characterizing the mineralizing phenotype that is frequently found in these 
cell cultures. It is thought that this phenotype correlates with the cells in vivo 
that are responsible for the clinical outcomes associated with regeneration of 
the mineralized tissues of the periodontium. 

This osteogenic potential has been characterized in human PDL cultures using 
several markers. One of the best documented characterizations has been 
measurement of alkaline phosphatase activity [26]. It appears that PDL cells may 
have increased levels of alkaline phosphatase, particularly in cultures tending 
toward an osteoblastic phenotype. A second measure is the cell response to 1,25-
dihydroxyvitamin D3 [27, 28]. This response has been shown to include the up- 
regulation of osteocalcin synthesis. Osteocalcin has been shown in humans to 
make up a small amount (1 -2%) of the non-collagenous bone matrix, and has been 
identified only in bone and dentin. These findings in particular support the use of 
osteocalcin synthesis as an indicator of osteoblastic activity. In periodontal 
ligament cells, the production of osteocalcin may vary between distinct cell 
populations (Figure 2). In addition, the production of cAMP in response to 
parathyroid hormone (PTH), and the production of mineralized matrix with long- 
term culture, may also be used to indicate an osteoblast-like phenotype in PDL 
cells [29]. In addition, there are reports documenting production of other non- 
collagenous bone-related proteins such as bone sialoprotein and osteonectin [27]. 
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Figure 2. Variable expression of osteocalcin in human PDL cell cultures. Five PDL cultures 
were examined for osteocalcin mRNA utilizing RT-PCR techniques, with three of the 
cultures positive for osteocalcin (arrow indicating appropriately sized bands), and two of the 
cultures negative for osteocalcin. Amplified products for each of the five cultures are shown 
using ethidium bromide staining following gel electrophoresis (lanes 1-5).

In contrast to the heterogeneity found in PDL cultures, these cultures 
appear to be uniform in their responsiveness to growth factors. Proliferative 
responses to growth factors have shown these cells to be responsive to all 
isoforms of PDGF, and that these cells predominantly have PDGF-α
receptor subunits [12, 14]. Interestingly, there appears to be less 
heterogeneity between cell populations or between distinct subpopulations 
within a given cell population with regard to this last characteristic. The 
responsiveness of these cells to TGF- β has been shown to be similar to that 
of dermal fibroblasts, including a proliferative response at low 
concentrations in a delayed manner, and a down-regulation of the PDGF-α
receptors at higher concentrations [30, 12]. 

4. CULTURE TECHNIQUES 

Primary PDL cell cultures are established from explants of PDL tissues 
as previously described. Frequently, these teeth are obtained as teeth 
extracted from children and young adults undergoing orthodontic treatment. 
Following extraction, tissue for initiating a new culture is scraped from the 
middle one-third of a tooth using a sharp sterile blade. Usually, only a thin 
layer of tissue remains attached to the root following extraction, so the 
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collected fragments usually require no additional dissection prior to 
explanting.

The harvested tissue explants are placed in culture medium consisting of 
Dulbecco’s Modified Eagle’s Medium (DMEM) containing 4,500 mg/L D-
glucose, 584 mg/L L-glutamine, 110 mg/ml sodium pyruvate, 4 mg/L 
pyridoxine hydrochloride, 3700 mg/L sodium bicarbonate, and 10% bovine 
calf serum (hereinafter referred to as complete DMEM). This medium is 
used to both establish and maintain growth of PDL cells in culture. Most 
studies using these cells have reported supplementing the medium with FBS, 
however data from our laboratory have shown that it is unnecessary to 
maintain these fibroblast-like cells in FBS (Figure 3). The proliferation of 
PDL cells cultured using bovine calf serum appears identical to that of cells 
cultured using FBS. After collecting the explant, the PDL fragments are 
placed in a drop of complete DMEM with 1% penicillin/streptomycin and 
1% fungizone in a 60mm tissue culture dish by tapping the blade gently 
against the floor of the dish. A stainless steel wire grid is placed on top of the 
fragments to prevent movement of the explant and facilitate outgrowth of the 
new cells onto the culture surface. Some studies have described using glass 
cover slips or directly placing the explant onto the plastic surface for a few 
minutes prior to adding medium as alternatives to promote explant adhesion 
to the surface [20]. In our laboratory, we have found a high rate of cell 
proliferation is achieved from explanted PDL tissues under wire grids 
(Figure 4). The explant and wire grid are gently covered with four ml of 
complete DMEM with antibiotics. The cultures are allowed to remain 
undisturbed for approximately 48 hours under 37°C and 5% CO2 to permit 
attachment of explants. The complete DMEM with antibiotics remains in the 
cultures for the first three days. Medium is then replaced every 4-6 days until 
sufficient cell proliferation is evident. When feeding the culture (changing 
the medium), care is taken not to jostle the explant fragments. Generally, 
cells that have migrated out of tissue fragments and attached to the wire grid 
can be observed within one week using an inverted microscope. Depending 
on the size of the explanted tissue pieces, it takes 10-14 days for the 
maximum number of viable cells to migrate from the tissue. In 
approximately 10 days, about 2/3 of the cells are clustered on the wire grid 
surrounding the PDL tissue, and the migration rate starts to decrease. At this 
time the cells are subcultured. The cells are removed from the wire grid and 
culture dish by brief incubation (4-5 minutes) with 1 ml 0.25% trypsin, and 
are then transferred to a 100 mm tissue culture dish for continued growth. 

The time to confluency in 100mm plates varies with the growth rate of 
the culture. In most preparations, confluency is usually reached after 1-2
weeks, at which time the cultures contain about 3-4 x 106 viable cells. 
Subculture from the 100mm dish is accomplished using a brief incubation 
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with 2 ml of 0.25% trypsin. Once the cells have been successfully removed 
from the 100 mm dish, the cell number is halved by adding 1ml of cells 
directly from the trypsin suspension to a new culture dish containing 7ml of 
complete DMEM. The small amount of trypsin does not appear to affect the 
cells. Alternatively, the trypsinized cells can be counted using a 
hemacytometer or cell counter and reseeded at 0.5-1x106 cells per 100mm 
plate (72,500 cells/cm2).

Figure 3. Effects of different culture media on cell growth. Human PDL cells were seeded in 
24-well plates (5,000 cells/well) in DMEM supplemented with 10% fetal bovine serum, 10% 
bovine calf serum, 10% iron-supplemented bovine calf serum, or 10% combined serum 
containing 85% bovine calf serum and 15% fetal bovine serum. Cell numbers (quadruplicate 
samples) were measured after two 48-hour periods, and every three days thereafter using a 
Coulter counter. Data are presented as mean ± standard deviation. 
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Figure 4. Comparison of four methods to initiate cell cultures. PDL tissue derived from each 
of four subjects was divided into four sections for culturing using one of four techniques. 
These techniques included the use of either a metal grid or glass slide to position the explant 
on the tissue culture surface, the dry attachment of the tissue to the plate surface by allowing 
the explant to sit on the plastic for 15 minutes prior to adding medium, or the explant left 
floating in the media. The data represent the percentage of explants that successfully produced 
cell outgrowth for each of the culturing techniques. 
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The population doubling time for successful PDL cell cultures at 37°C in 
DMEM containing 10% bovine calf serum is between 24 and 55 hours. Most 
primary PDL cell cultures grown in 10% bovine calf serum are capable of 
surviving 16-40 passages, or up to 150 days. 

The primary PDL cultures do not retain their viability in continuous 
culture indefinitely. To preserve desired characteristics, cell stocks are 
frozen at early passage number. For the best recovery of frozen cells, 
subconfluent PDL cells are fed with fresh growth medium 24 hours before 
freezing. PDL cells are frozen at a concentration of 2-3 x 106 cells/ml in 
freezing medium (DMEM-supplemented medium containing 10% dimethyl 
sulfoxide and 10% bovine calf serum). Cells in freezing medium are 
dispensed into cryogenic vials and tightly sealed. The cells are slowly frozen 
by placing the cryogenic vials at 0°C for 2-3 hours, -20°C for 2-3 hours, and 
–80°C overnight, before transfer to liquid nitrogen for long-term storage. For 
successful revival of frozen cells, a vial is removed from the liquid nitrogen 
tank and thawed in a 37°C water bath as rapidly as possible. Then, the 
contents of the vial are transferred into a 100mm tissue culture plate 
containing 9 ml of growth medium. Cells are incubated at 37°C in 
humidified air containing 5% CO2 and the medium replaced after 24 hours. 

5. UTILITY OF THE SYSTEM 

The unique nature of the periodontal ligament as a supporting structure 
and its likely role in providing progenitor tissues for the regeneration of the 
attachment apparatus, have created a special clinical interest in this cell type 
relative to both periodontal and orthodontic therapies. The growth of these 
cell populations in culture has allowed the investigation of biologic 
principles underlying periodontal wound healing. These investigations have 
looked at the regulatory mechanisms, such as growth factors in the wound 
healing response. More recently, several in vitro wound healing models have 
been characterized that provide the ability to address additional aspects of 
the regulation of wound healing. As the PDL is primary in supporting the 
tooth under both natural (masticatory) and artificial (orthodontic) forces, 
these cell cultures are also being used to address the cellular responses to 
mechanical stresses. 

As numerous therapeutic drugs and devices are being investigated for 
their potential benefit in the treatment of periodontal disease, these cell 
cultures are also being used in the assessment of cell responses and 
biocompatibility. These developments are of particular interest in relation to 
tissue engineering. The potential for the cells to differentiate toward an 
osteoblastic phenotype allows investigation of materials that may be used to 
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influence bone formation and metabolism. The development of an 
osteoblastic phenotype in these cells may allow for the further exploration of 
genetic factors that may influence the development of osteoblastic cells. 

There has also been considerable research effort toward the 
discrimination of cells between the PDL and those from the more superficial 
gingival connective tissues. This research has been driven by clinical studies 
suggesting important differences between cells derived from these tissues in 
leading to the regeneration of the periodontal attachment apparatus. 
However, differences between these cell types have not yet been clearly 
defined. Finally, given the unique anatomic role of the periodontium as a 
protection against local oral bacteria, interactions with bacteria and bacterial 
products that may be significant in the development of therapeutics directed 
at the control of destructive periodontal disease have been studied. 

6. CONCLUDING REMARKS 

The PDL is an anatomically unique tissue providing functional support 
for the teeth in the alveolar bone. Although the characterization of the cells 
derived from this tissue has not provided an absolute marker, the anatomic 
characteristics do allow for the selection of explant materials specifically 
from these tissues. The high levels of destructive periodontal disease within 
the population, leading to the degradation of this tissue, have generated 
interest in the characterization of cells derived from these tissues. 

The culture of these cells is relatively easy, and is made more interesting 
from a scientific perspective due to the apparent phenotypic dichotomy that 
these cultures display. It has been especially interesting that these 
fibroblastic cells appear to have the capacity to differentiate toward an 
osteoblastic phenotype in culture, thus providing an alternative model for the 
investigation of osteoblast development. However, a clear understanding of 
this developmental process remains elusive. 
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1. INTRODUCTION 

Vascular smooth muscle cells (VSMCs) are a major component of 
arteries, veins and small blood vessels. Their main function is to maintain 
vascular tone, via co-ordinated vasoconstriction and vasorelaxation, thereby 
regulating blood pressure and flow. In addition to this contractile function, 
VSMCs are the only cells in the vessel wall capable of migration, 
proliferation and extra-cellular matrix production; properties necessary for 
vascular repair at sites of injury. Thus, VSMCs play an essential role in a 
number of vascular pathologies including atherosclerosis, hypertension, re-
stenosis after coronary angioplasty and bypass grafting and small artery 
disease associated with rejection after heart transplantation. Because of their 
association with these common pathologies, a vast number of researchers 
have studied their properties. Historically, most studies on VSMCs have 
been carried out using cells from non-human sources. Studies, particularly of 
rodent cells, have demonstrated that VSMCs are extremely plastic and can 
display a number of different morphologies and gene expression profiles 
related to different cell functions. This ‘phenotypic diversity’ is most 
obvious during vascular development and is reiterated in vascular disease. 
Additionally, avian models have shown that VSMCs of different vascular 
beds may be intrinsically different, as they are recruited in development 
from at least two different sources: mesenchyme and neural crest. In this 
chapter, we provide some background knowledge of VSMCs in vivo and in
vitro. Importantly, we highlight the more recent observations and advances 
in knowledge of VSMC function, particularly in disease, which have been 
obtained from in vitro studies of human VSMCs. 
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© 2001 Kluwer Academic Publishers. Printed in Great Britain. 
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1.1 Location of VSMCs in the blood vessel wall 

The vessel wall is made up of three distinct layers which vary slightly in 
composition between individual arteries/veins. The layer which is exposed to 
the circulating blood is the tunica intima, which is covered on the lumenal 
side by a single flattened sheet of endothelial cells lying on basement 
membrane of collagen type IV. In some arteries, such as the aorta and 
coronary arteries, there are also VSMCs in the intima. The role of the intima 
is to provide a smooth, non-thrombogenic surface and to act as a 
permeability barrier to cells and macromolecules. Beneath the intima is the 
internal elastic lamina, which is a sheet of fenestrated elastic fibres. The cell 
layer beneath this is the tunica media which contains longitudinal, spirally 
arranged SMCs interspersed with elastin fibers and an extracellular matrix 
rich in collagen I, fibronectin, and proteoglycans. The VSMCs are 
surrounded by a basement membrane containing collagen IV, laminin and 
heparan sulfate [1]. The outermost layer is the tunica adventitia, which is 
separated from the media by the external elastic lamina, and contains 
fibroblasts surrounded by collagen, proteoglycan matrix, vasa vasorum and 
innervation [2] (see Figure 1). 

Figure 1. The blood vessel wall is made up of three distinct layers which vary slightly in 
composition between different arteries and veins; the tunica intima, the tunica media 
(containing VSMCs), and the tunica adventitia. These layers are separated by the internal 
and the external elastic lamina (see section 1.1). 
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1.2 VSMC phenotype and importance in disease 

In the normal vessel media the VSMCs exist in a contractile phenotype. 
However, VSMCs are not terminally differentiated and in response to 
vascular injury, particularly in atherosclerosis, VSMCs de-differentiate,
migrate and proliferate, leading to their accumulation in the vessel intima. 
Thus, the VSMCs which occupy the media are phenotypically distinct from 
their intimal counterparts [3, 4]. In general, intimal VSMCs have lower 
levels of contractile proteins, contain fewer myofilaments, more synthetic 
organelles (e.g. sarcoplasmic reticulum and mitochondria) and most 
importantly, express a variety of gene markers not normally expressed in the 
media [5-8]. This property of VSMCs to undergo phenotypic change was 
considered as a key pathogenic factor by Ross and Glomset in 1976 when 
they proposed the ‘response to injury’ hypothesis for the development of 
atherosclerosis [9, 10]. In atherosclerosis, the most widely studied of 
vascular diseases, VSMCs are found in the enlarged intima in differing 
quantities, depending on the type and stage of the atherosclerotic lesion. 
Historically, VSMCs in atherosclerosis were considered to be detrimental as 
their presence in the intima led to a narrowing of the lumen. However, more 
recently it has been suggested that the stability of the lesions, that is their 
propensity to rupture and initiate a broad range of clinical symptoms, is 
dependent on the VSMCs within the lesion. Stable plaques contain VSMCs 
and matrix, which form a thick fibrous cap above a lipid core. In contrast, 
plaques which are unstable and more likely to rupture contain few VSMCs, 
many inflammatory cells (most of which are macrophages) and a thin cap 
[1 1]. Therefore, although intimal VSMCs are associated with vascular 
disease, they may be beneficial in some circumstances in that they add 
stability to plaques by forming a protective cap rich in extracellular matrix. 
Furthermore, more recent studies have suggested that VSMCs may also 
contribute to lipid accumulation, calcification and cell death within the 
plaque. Therefore, understanding the mechanisms which regulate VSMC 
phenotypic change in association with specific vascular diseases will be 
crucial for our ability to modulate disease processes. Studies to date suggest 
that VSMC phenotypic modulation occurs in response to a vast array of 
environmental stimuli. The elaboration of human tissue culture models of the 
VSMC phenotypes exhibited in vascular disease will enable us to further 
dissect specific functions and regulatory mechanisms. 

1.3 VSMC heterogeneity and tissue culture models 

When VSMCs from the normal medial layer are cultured in vitro, they
undergo phenotypic change and de-differentiate and proliferate to become 
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‘synthetic’ cells. These ‘synthetic’ cells have broad similarities to many 
intimal cells and have therefore been extensively used to model disease-
associated VSMCs. However, recent evidence from studies of human 
vascular disease in vivo has clearly demonstrated that the definition of 
VSMCs as either ‘contractile’ or ‘synthetic’ is simplistic. Furthermore, using 
animal tissue culture systems, particularly rat and bovine VSMCs, it is 
possible to model multiple VSMC phenotypes in vitro [12, 13]. In adult 
bovine arteries, four distinct VSMC phenotypes can be recognised. These 
originate in different layers of the media and sub-intima. Cells cultured from 
specific layers retain distinct phenotypes as judged by morphology, smooth 
muscle marker expression and responsiveness to growth stimuli. Frid et al. 
concluded that these different cell types exist in the media to perform 
different functions (i.e. contraction or repair) [12]. Similarly, cloning of 
VSMCs from rat arteries identifies at least two distinct phenotypes; elongate 
and cobblestone, with the latter being almost exclusively present in the 
neointima after balloon injury-induced damage [13]. These cells are also 
more prevalent in cultures derived from neonatal vessels compared with 
adult vessels. Analysis of gene/protein expression in these cell cultures has 
led to the identification of specific gene markers such as cellular retinol-
binding protein-1, which has distinct patterns of expression for each 
phenotype [ 14]. 

Although VSMC heterogeneity has also been observed in human blood 
vessels in vivo [15, 16], particularly between VSMCs occupying the sub- 
intimal layer and different layers within the media, tissue culture models of 
these differences are not as well characterized as those in other species. In
vitro, human VSMCs can display different characteristics, including 
different cell shapes, cell sizes, protein expression and growth patterns [ 17]. 
For example, human VSMCs isolated from young arteries contain 
populations of cells with higher proliferative rates than VSMCs from adult 
arteries [18]. In addition, in a human VSMC culture model where 
‘contractile’ VSMCs were established within collagen gels and compared to 
proliferating VSMCs, the cell surface protein CD9 was expressed in greater 
amounts in proliferative cells [19]. Furthermore, Bennett et al. found that 
human VSMCs derived from the vessel intima exhibit a higher natural rate 
of apoptosis in culture than cells derived from the normal vessel media [20]. 
Our group has also found that human arterial VSMCs cultured from normal 
media can exist in different forms judged by morphology, and can calcify in
vitro (Figure 2, described in section 4, and ref 21). However, many of these 
morphologies do not appear to be stable in culture and specific gene markers 
of different human VSMC sub-populations in vitro have yet to be identified. 
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Figure 2. Human VSMC morphology. A. Typical spindle shaped VSMCs derived from aortic 
medial explants. B. Classic ‘hill and valley’ post-confluent growth of spindle shaped cells 
derived from aortic medial explants. C. Large, rounded senescent-type cells, some with long 
extending processes, derived from aortic medial explants. The insert is an enlargement of part 
of this culture which shows the morphology of this culture in greater detail. D. Mixed 
population of cells appearing as either spindle, elongate, large rounded or stellate. These cells 
were obtained by enzymatic dispersion of the aortic media. E. Mostly contact-inhibited
morphology forming a cobblestone-like layer of VSMCs derived from aortic medial explants. 
If these VSMCs are allowed to remain as a monolayer, they gradually curl up as a sheet of 
cells and are difficult to trypsinize. Fugita et al (18) described this type of VSMC morphology 
as similar to neonatal VSMCs. F. Mostly small, highly proliferative cells derived from an 
aortic medial explant (shown top right). G. Pericytes derived from placenta microvessels with 
a multi-cellular nodule. Note the prominent actin filaments in these cells. H. VSMCs, mostly 
of the spindle-shape, with a large multi-cellular nodule derived from aortic medial explants. 
(The bar in each figure represents approximately 10µm). 
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1.4 Importance of using human VSMC cultures 

It is most appropriate to use human VSMCs whenever possible. 
Interpretation of data from rodent cultures and application to human VSMC 
disease can lead to problems as animal models do not adequately mimic 
human disease, particularly atherosclerosis. For example, there have been 
many studies where inhibitors of re-stenosis have been identified in the rat. 
However, these same substances proved ineffective in human clinical trials. 
Furthermore, studies have demonstrated major differences in gene 
expression between human and rodent VSMCs [22, 23]. Rat neonatal aortic 
VSMCs express high levels of the multifunctional matrix protein 
osteopontin, but this is not true for human VSMCs in culture, where RT- 
PCR is required to detect this protein [23]. Additionally, cultured human 
VSMCs express very low levels of the bone cell marker, alkaline 
phosphatase, unlike bovine VSMCs [24]. 

Although most in vitro experimentation is still carried out on VSMCs 
from non-human sources, cultures of human VSMCs have been described in 
the literature since the late 1950s [25]. The use of human VSMCs largely 
depends on the availability of human tissue and success in growing cultures. 
In the following sections, we concentrate on the methods for isolation and 
culture of VSMCs from a number of different vascular sources in man. 

2. TISSUE PROCUREMENT AND PROCESSING 

2.1 Obtaining human blood vessels 

VSMCs derived from different vessels may exhibit different properties in
vitro. Therefore knowing the exact vascular source of any material being 
used is important. The aorta is made up of VSMCs that originate from neural 
crest in the aortic arch and from mesenchyme in the thoracic segment, 
whereas coronary artery VSMCs may be derived from a different embryonic 
source [26, 27]. However, the cells used in any laboratory will normally be 
limited by local availability. Arteries used for the isolation of human 
VSMCs include; thoracic aorta, aortic arch, abdominal aorta, coronary 
artery, carotid artery, saphenous vein, pulmonary artery, umbilical artery, 
renal artery, tibial artery and femoral artery. The aortic samples are obtained 
from organ donors. Carotid arteries are obtained from patients undergoing 
carotid endarterectomy and saphenous veins from patients having bypass 
graft surgery. Our group has obtained leg vessels such as tibial and femoral 
arteries in collaboration with surgeons performing amputations. We have 
also obtained VSMCs from the micro-vasculature using microvessel-rich 
human placenta as a source. This tissue is readily available and can also be 
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used as a source of umbilical artery/vein VSMCs. Some groups have 
reported using neonatal human arterial VSMCs [18], and it is possible to 
obtain postmortem material [17, 18]. However, in our hands, this material 
cannot be obtained quickly enough, is often contaminated with micro-
organisms, and cannot be cultured successfully. 

We would recommend using material freshly obtained at surgery. 
Typically after surgery the vessel is placed in serum-free culture medium 
and kept at 4°C. Ideally the vessel should not be stored for more than 24 
hours before use. The shorter the time from excision to culture, the greater 
the chances that the material will produce viable cultures. Timing, which is 
crucial, depends on communication between transplant/surgical teams and 
the researcher. 

2.2

2.2.1 Explant method 

Processing tissue for VSMC isolation 

Our experience in culturing VSMCs is mainly from human aorta, 
although the methods used for this vessel can be applied to others. Explant 
culture of medial tissue is the simplest and most reliable method. The vessel 
is removed from the container and washed in serum-free medium. It is then 
cut open longitudinally using forceps and scissors. The lumenal side of the 
vessel is freed of endothelium by lightly scraping the surface with a scalpel 
blade and again washing the surface with serum-free medium. If the vessel is 
diseased and contains fatty streaks or atherosclerotic plaques, these should 
be avoided and removed so that VSMCs are cultured from the normal media. 
The media which contains layers of VSMCs is now exposed, and these can 
be removed easily in strips by peeling away the layers using forceps. The 
external elastic lamina separates the last layer of VSMCs from the 
adventitia, providing an easily recognizable physical barrier between 
VSMCs and fibroblasts. The medial layers containing VSMCs are placed in 
a separate petri dish and cut very gently using a scalpel blade to produce 
lmm x lmm tissue pieces. It is important that the tissue is not heavily 
sheared by the scalpel as this can affect culture efficiency. To reduce damage 
to exceptionally large samples, a mechanical tissue chopper can be used to 
generate small tissue explants. When the tissue pieces have been generated, 
they are placed in 6-well plates. It is essential that the explants adhere to the 
tissue culture plastic to ensure VSMC migration. To achieve this, either a 
sterile coverslip is placed on top of the explants and covered with medium, 
or the explants are given only a small volume of medium for the first 24 
hours of culture. Cells should start to grow out radially from the explants 
within 2-3 weeks. 
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It is noteworthy that some groups have reported that different layers 
within the aortic media contain different types of VSMCs [12, 16]. 
Additionally, we have cultured intimal versus medial VSMCs and found 
some differences in growth patterns in culture. It may therefore be 
appropriate in some instances to culture different layers of the intima/media 
separately.

2.2.2 Enzyme dispersion method 

Enzyme dispersion of the media is not used as a standard method for the 
isolation of human aortic VSMCs because the yield of cells is lower than 
that of the explant method. However, the advantage of enzyme dispersion is 
that the whole population of cells from the media is represented, rather than 
selected cells that are capable of migrating from the tissue. In addition, the 
cells isolated by enzyme dispersion may represent a phenotype more closely 
associated with those in the vessel wall since the time to isolation is much 
quicker (24 hours as opposed to 2-3 weeks). Therefore, some researchers 
may wish to use this method for their application. It should be noted that this 
method can also be used to successfully isolate mRNA from the medial layer 
of VSMCs [21]. 

Before enzyme dispersion, the vessel sample is prepared to the stage of 
tissue chopping, as described above for explants. The tissue pieces are then 
placed in a sterile conical flask and incubated in serum-free medium 
containing 3 mg/ml collagenase and 1mg/ml elastase (both from Sigma). 
This incubation is carried out in a shaking waterbath overnight at 37°C with 
occasional dispersion using a wide-mouthed pipette. If the tissue pieces are 
not completely digested overnight, the cells which have dispersed are 
removed by centrifugation (1000 rpm, 5 minutes) or by sieving through a 
70 µm filter (Falcon), and the remainder left to disperse further. Ideally the 
dispersed cells should be collected over a time course to maximise the yield 
of viable cells. When dealing with a blood vessel which is much smaller than 
an aorta, such as a piece of coronary artery, the incubation in collagenase 
and elastase should be carried out for much shorter times. Longer exposure 
to the collagenase/elastase medium may harm the cells. The dispersed cells 
should be centrifuged and resuspended in fresh medium before plating in 
culture dishes at approximately 8000 cells/cm2. Cells isolated from small 
arteries will be few in number and should therefore be plated in small wells 
such as 24- or 96-well plates to ensure an adequate cell density. Because 
human VSMCs require a close association with other cells to maintain 
survival and growth, we have not been successful in single cell cloning by 
limiting dilution of human VSMCs. 
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2.3 Isolation of VSMCs from the micro-vasculature
(pericytes)

Isolation of VSMCs from very small vessels first requires the isolation of 
microvessels from the surrounding tissue. We have isolated micro-vascular
SMCs (or pericytes) from human placenta, although others have used the 
brain as a source [28]. Because of the ease of obtaining fresh microvessel-
rich human placentas from maternity units, pericytes from this tissue are 
relatively easy to isolate. First, a central section of the fresh placenta which 
is rich in villi, distant from large blood vessels and the outer membrane, is 
dissected and washed thoroughly in serum-free medium. The tissue is then 
manually chopped into small pieces and placed in serum-free medium 
containing 3 mg/ml collagenase. After incubation at 37°C in a shaking water 
bath for 3 hours, the digested material contains single cells and microvessels. 
To separate the microvessels from the cells in suspension, the material is 
sieved through a 70 µm filter (Falcon) and washed with serum-free medium. 
The microvessels, which remain on the sieve, can then be removed and 
placed into 25 cm2 flasks in medium containing 20% serum. After 5-6 days 
in culture, pericytes as well as endothelial cells grow out from the adherent 
microvessels. Without special supplements for endothelial cell growth, the 
endothelial cells die after two rounds of trypsinization/passaging, leaving 
pure pericyte cultures. Alternatively, endothelial cells can be selectively 
destroyed from mixed cultures of endothelial cells and pericytes by plating 
established cell cultures onto dishes coated with l-leucine methyl ester. Due
to differences in esterase expression, this substance is toxic to endothelial 
cells but not to pericytes [29]. 

2.4 Isolation of VSMCs from diseased vessels 

The isolation of VSMCs from atherosclerotic tissue is complicated by the 
presence of several other cell types, mainly macrophages and lymphocytes, 
although other inflammatory cells may also be present. Depending on the 
type of lesion, VSMCs may be abundant or scarce. In addition, successful 
isolation of VSMCs from diseased vessels is not guaranteed. Explant culture 
of VSMCs from carotid endarterectomy specimens is possible. Although a 
number of cell types may initially grow from the explanted material, only 
VSMCs will survive beyond primary culture into the first passage. 
Alternatively, if cell dispersion is used, undesired cell types can be removed 
from collagenase-digested suspensions before plating by using magnetic 
beads with specific cell surface ligands (Dynal). Isolation of VSMCs from 
re-stenotic tissue should be somewhat easier than isolation from 
atherosclerotic tissue because the intima of re-stenotic vessels contains 
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mainly VSMCs. However, specimens from coronary atherectomies of re- 
stenotic vessels are extremely small, typically 1 mm thick and up to 10 mm 
long. In our hands, we find that this cylinder of tissue is too small for 
preparation of explants. Successful isolates of VSMCs can be obtained by 
digesting the material in 3 mg/ml collagenase and 1mg/ml elastase for 1 hour 
at 37°C in a shaking waterbath and plating cells in a few wells of a 96-well 
plate. Dartsch et al. reported that plaque atherectomy specimens could be 
used to generate explants, although enzyme dispersion was also used [30]. 
Both methods generated only small numbers of cells, approximately 30,000 
cells per 100 mg tissue. 

A major problem with diseased tissue is the potential contamination by 
cell types similar to VSMCs which may be present in the plaque, such as 
mesenchymal cells, pericyte-like and fibroblast-like cells. Assays for 
VSMCs are therefore very important and are described in section 4. 

3. CULTURE TECHNIQUES 

3.1 Media and supplements 

The media which have been used for human VSMC culture include 
Medium 199 and DMEM buffered with 3.7 g/L NaHCO3 and 5% CO2.
Antibiotic supplements recommended are 100 IU/ml penicillin, 100 µg/ml
streptomycin and 250 ng/ml amphotericin B (the latter is important to avoid 
fungal contamination in the early stages of culture). The medium is also
supplemented with fresh 4 mmol/l of L-glutamine. The sera used for
supplementing the medium commonly derive from fetal bovine sources, 
although some researchers may be able to use human or autologous serum if 
the VSMCs are derived from a surgically removed artery, for example 
during bypass grafting. Serum is used at concentrations of either 10% (for 
passaged cells) or 20% (for explant cultures) and should be heat-inactivated
at 56°C to destroy complement. Since the concentration of some components 
of FBS differ drastically between different batches, serum testing is 
essential. Growth factors are not commonly required in addition to serum. A 
limited number of serum-free systems have been tested where it is necessary 
to use defined supplements, including endothelial cell growth factor (ECGF), 
to maintain cell viability [17]. However, cultures must first be established in 
the presence of serum, which is then gradually replaced with serum-free
medium.
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3.2 Culture vessels 

No specific brand or type of flask is necessary for human VSMC culture. 
We recommend using Falcon 6-well plates for the adherence of media 
explants and Corning 25, 75 or 150 cm2 flasks for the passaging of confluent 
cultures. Human VSMCs also adhere and grow well on tissue culture-treated
glass slides and tissue culture inserts for co-culture experiments. Culture 
dishes can be pre-coated with extracellular matrix proteins to test the effects 
of attachment factors on cell adhesion and proliferation. Boyden chambers 
have been used to culture human VSMCs for measuring their migration in 
response to various factors [31], and specialised devices have been created 
for measuring mechanical strain on human VSMC cultures [32]. VSMCs can
also be cultured in flexible dishes (Flexcell International) to investigate the 
effects of mechanical forces. 

3.3 Passaging of cultures 

With feeding every 3-4 days, VSMCs start to migrate from adherent 
explants within 2-3 weeks of culture. When the migrated cells have formed 
confluent areas, the cells are trypsinized by washing gently three times in 
calcium-free balanced salt solution, then incubating in freshly thawed trypsin 
(0.5 mg/ml)/EDTA (0.2 mg/ml) solution at 37°C (ideally in the tissue culture 
room incubator). After 3 to 5 minutes the cells begin to ‘round up,’ and if the 
plates are tapped lightly the cells are released into the medium. Fresh 
medium containing serum (approximately 5 ml for a T75 flask) is then added 
to the wells to inactivate the trypsin. If coverslips have been used to 
encourage adherence of explants to the culture dish, it is likely that some 
cells will remain on the coverslip. To remove these additional cells the 
coverslip can be inverted using sterile forceps, and then the washing and 
trypsinization steps are repeated. The cells, which are now in suspension in 
serum-containing medium, can be pooled and placed in a larger culture
vessel. It is highly recommended that cells are plated out relatively densely, 
covering about 50% of the culture dish (i.e. passaging 1:2 v/v). This density
encourages the growth of human VSMCs and is also recommended for 
pericytes. For maintenance of cultures, it is recommended that the medium is 
changed every two days. The typical passage survival time for normal 
medial VSMCs is up to ten passages, although pericyte cultures do not often 
survive beyond passage five. For VSMCs isolated from diseased vessels, the 
passage survival time is much lower and is typically up to three passages 
[33]. Senescence of VSMCs may be accompanied by the production of a 
large amount of cell debris. 
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Human VSMCs and pericytes can be stored frozen in 10% DMSO and 
20% FBS. Since DMSO inhibits VSMC growth, cells should be thawed 
quickly and either centrifuged at 1000 rpm for 5 minutes to remove the 
DMSO or the medium changed as soon as the cells have adhered to the 
culture flask. 

4. ASSAY TECHNIQUES

4.1 Identification of VSMCs

Because of the heterogeneity and adaptive modulation displayed by 
VSMCs in culture, a number of criteria must be used to ascertain that 
cultured cells are derived from VSMCs. This is particularly important for 
cells derived from atherosclerotic vessels, as some cell types such as 
myofibroblasts and primitive mesenchymal cells share expression of a 
number of SM-contractile proteins with VSMCs. Indeed, there are no 
definitive markers to differentiate between these cell types and VSMCs. 
Therefore, in order to determine that a particular culture is VSMC-derived, 
the researcher must use a number of criteria including origin of the cells, 
morphology and expression of a ‘battery’ of smooth muscle markers. To 
date, many of these markers have been derived from studies in other animal 
species, and there is need for further identification of more appropriate and 
specific markers of human VSMC phenotypes in vitro. 

4.1.1 Morphology

Cultured human VSMCs are morphologically heterogeneous. Typically, 
as VSMCs approach confluence, they exhibit a ‘hills and valleys’ 
morphology where cells make contacts with each other and retract. 
However, VSMCs can also appear as elongate, spindle, cobblestone or large, 
rounded senescent cells. Examples of these various morphologies are shown 
in Figure 2. As mentioned previously, these types of VSMCs are not 
necessarily stable in culture, and we have found that the small, primary cells 
shown in Figure 2F can change their morphological appearance after 
passaging. Occasionally, it has also been noted that some cells migrating 
from explants contain lipid droplets which appear as small cytoplasmic 
vesicles (using phase-contrast microscopy) and stain positively with Oil-Red
O. In addition, electron microscopy can be used to analyze features of 
VSMCs; cells with a more ‘contractile’ phenotype appearing as a cell with a 
heterochromatic nucleus and abundant actin and myosin filaments, compared 
with ‘synthetic’ VSMCs with a euchromatic nucleus, prominent 
sarcoplasmic reticulum and Golgi complex (34). 
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4.1.2 Multicellular nodule formation by VSMCs 

The capacity for human VSMCs to form 3D nodules or spheroids at post-
confluence (as shown in Figure 2) has been well described for arterial 
VSMCs [17, 21, 35, 36] and pericytes [37]. We have found that human 
arterial VSMCs (aortic, tibial and femoral) and human placental pericytes 
form nodules in culture which calcify after approximately 30 days [21, 38]. 
This property of VSMCs exists in almost all isolates that we have prepared. 
The only morphological-type which does not form nodules are the 
‘cobblestone’ cells which appear to be contact-inhibited. Although not 
unique to VSMCs (mesenchymal cells with ‘osteoblastic properties’ may 
also form nodules), this property will distinguish VSMCs from fibroblasts. 

4.1.3 VSMC contraction 

A unique property of VSMCs compared with other cell types present in 
blood vessels is contractility. However, measuring contraction in cultured 
cells is not straightforward, as VSMCs lose many of their contractile 
properties with time in culture. Therefore, most studies of VSMC 
contraction involve culture of blood vessel ring segments that retain some 
contractile responses, and these can be measured by treatment with agonists 
such as noradrenaline or KCI and subsequent measurement of contractile 
force and/or intracellular free calcium concentration. However, in a study by 
Shirinsky et al., contraction of enzyme-dispersed rabbit VSMCs occurred in 
response to histamine [39]. Contraction was observed during the first six 
days of culture and was measured optically. Measurement of aspects of 
VSMC contraction in culture is therefore feasible. More recently, contraction 
of individual human VSMCs in culture has been reported [39a]. 

4.2 Cell markers

4.2.1 Antibodies 

α-smooth muscle (αSM) actin has been universally used as a marker for 
VSMCs [40]. However, some studies have reported that endothelial cells and 
adventitial fibroblasts can express α-SM actin under certain culture
conditions [41, 42]. Therefore, a battery of SM markers must be used to 
identify cells in vitro. Most VSMC markers are contractile proteins, and 
antibodies for many of these are widely available commercially. Some 
common markers include; smooth muscle myosin heavy chain (SMMHC), 
calponin, SM22α,  desmin, h-caldesmon, metavinculin and smoothelin. 
SMMHC is the most specific marker. However, expression of this protein is 
not always maintained in SM cultures. In general, to confirm that cultured 
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cells derived from the vessel media are VSMCs, we require positivity for α-
SM actin and a least one other SM contractile protein (e.g. calponin or 
SM22α). Cells are tested by immunohistochemistry, which requires very few
cells grown in multi-well chamber slides, fixed in paraformaldehyde. 
Alternatively, Western analysis can be performed on cell lysates. 

It may also be appropriate to confirm that cultures are von Willebrand 
factor negative if there is concern about endothelial cell contamination (for 
example, when isolating VSMCs from small blood vessels). Separate 
markers have also been described for microvascular SMCs (pericytes) such 
as 3G5 [43], but there is debate about the specificity of this marker [44]. The 
high molecular weight melanoma-associated antigen is also a marker for 
pericytes in vivo [28].

4.2.2 Molecular Profile 

Gene expression studies are probably the most reliable method for 
determining the type of cell that has been cultured (although they generally 
cannot detect contamination of a culture with another cell type). mRNA can 
be extracted from cultures and gene expression can be analysed by either 
Northern or RT-PCR. The most reliable markers for analysis are again the 
SM-specific contractile proteins including α-SM actin, SM22α and calponin, 
which are easily detectable on Northern analysis. SMMHC may be 
detectable by Northern analysis, but RT-PCR may be necessary. To date, for 
human cells, there are no markers that will definitively identify a VSMC. 
However, expression of a number of SM contractile proteins detectable by 
Northern analysis is sufficient, particularly if the anatomical source of the 
material is certain [45]. 

4.2.3 Extracellular matrix 

As described in the introduction, VSMCs in vivo are surrounded by 
various extracellular matrix components. Extensive studies of the types of 
matrix secreted by human VSMCs in vitro have not yet been performed. In 
other species, VSMCs secrete various collagen types, fibronectin, laminin, 
proteoglycans, elastin, and SPARC, as well as integrin receptors for binding 
to extracellular matrix (reviewed in 34). Human VSMCs synthesize matrix 
degrading enzymes as well as endogenous inhibitors of matrix degradation 
[46, 47]. Although these extracellular matrix proteins are not unique to 
VSMCs, the expression in culture of a large subset of these matrix 
components, combined with expression of a SM contractile marker, may be 
indicative that the cells are SM in origin. 



Vascular Smooth Muscle 57

4.3 Growth 

The growth of human VSMCs in culture is much slower than that of 
VSMCs from other species. Typical cell cycle times for human VSMCs are 
approximately 44 hours (although they may be as long as 72 hours), whereas 
rat VSMCs double within 35 hours [48]. The cell cycle can be synchronized 
in human VSMCs after quiescence for 72 hours in medium such as M199 
supplemented with 0.1% serum. The cell cycle time can then be measured 
using standard methodologies. The cell cycle time for human VSMCs varies 
between isolates derived from the normal media, and tends to become longer 
when the cells approach senescence and become large and rounded. 
Additionally, the origin of the VSMCs may introduce variability, with cells 
from primary atherosclerotic lesions having different proliferative capacity 
from cells from re-stenosing lesions [30]. In Dartsch’s study [30], the 
primary lesion VSMCs were enlarged, highly adhesive, fibroblast-like cells, 
which grew more slowly than the smaller, less adhesive cells isolated from 
re-stenotic lesions. However, confirmation is required to determine if these 
features are consistently different in studies from a number of laboratories. 

5. UTILITY OF SYSTEM 

5.1 VSMC growth and migration 

VSMCs in culture have been widely used as a model of VSMC 
proliferation, migration and differentiation in the artery wall [34, 49]. 
Analysis of the regulators of VSMC growth and migration provide insights 
into the role of VSMCs in the development of atherosclerosis, re-stenosis 
and hypertension. Most studies however, have used animal cells in culture 
and animal models of balloon injury and subsequent repair. Consequently, 
many drugs have been discovered that inhibit VSMC migration and 
proliferation in animal re-stenosis models, such as rat carotid artery balloon 
injury, but most have been unsuccessful in human trials. These studies in 
particular have highlighted the necessity for the generation of human tissue 
culture models of functional VSMC phenotypes. Human VSMC cultures are 
therefore of great use in preliminary drug analysis for re-stenosis research. 
Preliminary evaluation of a drug in monolayer culture, followed by further 
evaluation in a system such a human saphenous vein ‘organ’ culture, may 
prove more informative than animal studies, as these models of human 
VSMC migration and proliferation may more closely resemble the human in
vivo VSMC environment [46]. 
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5.2 VSMC phenotypic diversity 

In association with disease, human VSMCs are heterogeneous. It is likely 
that different VSMC phenotypes represent populations of cells with specific 
functions. For example, in the atherosclerotic plaque, various VSMC sub-
populations may exist which exhibit properties indicative of their 
involvement in: (1) vascular repair - the matrix producing, contractile-like
cells of the fibrous cap; (2) calcification - the subset of VSMCs which 
express bone-associated proteins; (3) lipid accumulation - oil-red O positive
VSMCs and (4) fibrous cap degeneration - apoptotic VSMCs and matrix-
metalloproteinase producing VSMCs [20, 38, 47, 50, 51]. In order to identify
specific markers of these different phenotypes and analyse their specific 
functional properties, human tissue culture models which mimic these 
various phenotypes in vitro are required. Although human culture systems 
are not as well defined as rodent models, some progress has been made. For 
example, in our laboratory, we have developed a model of vascular 
calcification where human VSMCs retract into multicellular nodules and 
deposit hydroxyapatite, the main type of calcium salt found in the vessel 
wall [21]. This model allows us to investigate the potential effects of various 
factors on the development of human vascular calcification. Additionally, in 
primary culture, cells derived from the atherosclerotic intima display a 
greater propensity to undergo apoptosis in low serum conditions than cells 
derived from the normal media [20]. These cells have therefore been used to 
study the mechanisms which regulate VSMC apoptosis using time-lapse 
video microscopy and molecular analysis. 

The identification of stable human VSMC phenotypes in vitro will enable 
us to use differential cDNA screening systems to isolate specific markers to 
identify functional phenotypes in vivo. If different stable cultures could be 
established in vitro, then these cells could be used in studies to determine 
factors that regulate transitions between different functional phenotypes. 
This is of fundamental importance, as it is likely that local environmental 
factors in the vessel wall dictate the function of any given VSMC. Primary 
cell cultures are more likely to mimic cells in vivo than immortalized human 
VSMC lines which have been generated either by transfecting VSMC with 
plasmids containing SV40 [52] or by transforming cells with virus DNA 
[53]. These permanent lines retain expression of some smooth muscle-like 
traits, but they do not appear to resemble a functional in vivo phenotype [45]. 
Moreover, it has already been established that primary human VSMCs in 
culture are resilient enough to be used in a broad range of studies including 
co-culture systems where, for example, the effects of macrophages or 
endothelial cells on VSMC apoptosis, matrix production and other functions 
can be tested [54, 55]. Additionally, specialist culture systems for measuring 
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effects of mechanical strain, flow and stretch on VSMCs have been 
successfully established. 

5.3 VSMC con trac tion/differentia tion 

One area of research in which studies of human VSMCs have lagged 
behind animal studies is the identification of factors that influence and 
regulate VSMC differentiation. The isolation of embryonic and neonatal 
human VSMCs for tissue culture is rare and therefore these studies must still 
rely on the use of animal model systems. These models include murine cell 
lines which can be stimulated to differentiate towards a smooth muscle-like 
cell [56], and mesenchymal stem cells derived from human bone-marrow 
which also differentiate into cells which express smooth muscle specific 
markers [57]. The pinnacle of VSMC differentiation is its ability to contract, 
as observed in normal medial cells. To date, this phenotype has not been 
modeled in tissue culture as all cells modulate when they are removed from 
the environment of the vessel wall. Several reports describe attempts to 
reproduce the contractile phenotype of VSMCs in culture. These conditions 
include serum starvation or heparin treatment [58], coating culture flasks 
with laminin [59], plating cells on Matrigel [60] or in 3D collagen gel 
culture [19], while some recent progress has been made in mimicking 
differentiated cells in pig and rabbit models [39]. However, these are 
successful in maintaining only some aspects of the contractile phenotype. To 
date, only organ cultures of human vessels have been successful in 
measuring vasoconstriction and vasorelaxation in response to agonists [61],
although one study has demonstrated contraction in a subset of human 
VSMCs in vitro [39a]. 

5.4 Human VSMCs and gene transfer 

Gene transfer into blood vessels is a promising new approach to the 
treatment of vascular disease. Human VSMC cultures can be transfected 
with plasmid vectors, albeit at very low frequency, and infected at very high 
frequency with a variety of viral vectors. Therefore the potential exists to use 
modified VSMCs in cell transplant experiments, or to transfer genes using 
viral systems to modify the in vivo environment/phenotype of disease- 
associated VSMCs. The feasibility of the use of such systems in adult human 
blood vessels has recently been addressed by Rehkter et al. [62]. They 
incubated rings of human vessels with adenoviral vectors and found 
expression of the transgene in VSMCs as well as other cells in the normal 
and atherosclerotic vessels. These organ cultures are not an in vivo system
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with blood flow or arterial pressure, but provide a simplified culture system 
for the study of VSMC properties. 

6. SUMMARY AND CONCLUDING REMARKS 

The VSMCs in the normal artery wall have a contractile function in vivo. 
When VSMCs are removed from the media and grown in culture, contractile 
markers are reduced and the cells express a different repertoire of proteins. 
Cultured VSMCs therefore lose many of the characteristics of VSMCs in the 
normal vessel wall and resemble more closely those found in association 
with vascular disease. Moreover, cells in vitro and in association with 
disease are heterogeneous; they display different properties and different 
gene expression patterns, and therefore represent functionally distinct 
phenotypes. Progress has been made in establishing human VSMC culture 
systems and it is now possible to routinely culture VSMCs from many 
sources and from both normal and diseased tissue. The next challenge for the 
VSMC biologist will be to make human cells as versatile as those derived 
from rodents by establishing clear in vitro models of different functional 
phenotypes. It is hoped that future studies will reveal the factors that regulate 
VSMC differentiation and phenotypic transition so that we can gain insight 
into the regulation of VSMC plasticity. This ultimately will reveal potential 
factors for targeting in interventional treatments for vascular diseases. 
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1. INTRODUCTION 

Cellular motility and cell movement in organisms as unrelated as 
amoebae, invertebrates and mammals involve the interaction of myosin and 
actin filaments. The process of muscle contraction is among the most 
intensely studied functions dependent on this interaction. In the human body, 
three distinct types of muscular tissues can be discerned. Smooth muscles 
are an integral part of the vascular system and are found, for instance, within 
the digestive system, the bladder and the uterus. The striated myocytes of the 
heart control blood circulation, while the second class of striated muscles 
enables us to move (skeletal muscles), and help us speak (tongue) and 
breathe (diaphragm). Of all the different tissues and organs in the human 
body, skeletal muscles are by far the most frequent organ: more than 600 
different muscles comprise up to 50% of total body weight. A unique 
characteristic of skeletal muscle is that it is not made up of individual cells, 
but consists of large multinucleate syncytia, the myofibers, each of which 
can be several centimeters long. During embryogenesis, mononuclear 
precursor cells, or myoblasts, fuse to form these huge muscle fibers. This 
process is mimicked in later life during regenerative processes subsequent to 
muscle damage, whereby quiescent mononuclear stem cells (so-called
satellite cells) located between the sarcolemma and the basal lamina of the 
muscle fiber are activated. These cells begin to proliferate and either fuse 
with each other into novel myotubes, or they fuse with damaged muscle 
fibers. Both myoblasts and satellite cells can be isolated from the body and 
grown in tissue culture, and in optimal culture media they will fuse and 
differentiate into mature, spontaneously-contracting myotubes. Cultures 
derived from normal and diseased human skeletal muscle cells therefore 
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provide an excellent model to study several aspects of early muscle 
development under normal and pathological conditions. 

1.1 Control of Muscle Development in Vertebrates 

The precursor cells of the epaxial skeletal muscles (body and trunk 
muscles) arise from the somites, repetitive epithelial structures that during 
gastrulation are transiently formed immediately adjacent to the neural tube 
from the paraxial mesoderm [1, 2]. The ventromedial region of the somites 
further differentiates into the sclerotome, whereas the dorsolateral domain 
forms the dermomyotome, that, most likely in a multistep process [2], gives 
rise to a second layer, the myotome. Within specific portions of the 
dermomyotome and the myotome, muscle precursor cells develop which 
during later stages of embryogenesis produce skeletal muscle in well defined 
regions of the body. Cells from the medial part of the dermomyotome 
migrate to the medial part of the myotome and differentiate into epaxial 
muscle that will yield back muscles. Similarly, cells from the lateral 
dermomyotome translocate to the lateral myotome and give rise to hypaxial 
muscle that will produce the ventral body wall muscles from the thorax and 
the abdomen. The hypaxial muscles from the limbs, however, are also 
derived from precursor cells from the dermomyotome, but in contrast to the 
body wall musculature, these cells do not use the myotomes as an 
intermediate location. These cells are often translocated over considerable 
distances through the body before they proliferate further and differentiate 
into the muscle of the limbs, the diaphragm, and typically, the tip of the 
tongue. The rest of the tongue and the other muscles of the head are not only 
derived from migratory cells from (rostral) somites, but also from paraxial 
head mesoderm and prechordal mesoderm. 

1.2 Regulation of Muscle Cell Determination and 
Migration

Our understanding of skeletal muscle lineage determination has 
enormously increased since the identification of the myogenic determination 
factor genes. The four members of this MyoD family, or basic helix-loop-
helix (bHLH) transcription factor family, MyoD [3], Myf-5 [4], myogenin 
[5, 6] and MRF4 [7], also called myf-6 [8] or herculin [9], all have specific 
functions in muscle determination and differentiation (Figure 1) that became 
apparent after the introduction of null mutations in mice [10-16], as 
reviewed in [17-19]. MyoD and Myf-5 are responsible for commitment of 
mesenchymal precursor cells to the myogenic lineage. More specifically, 
MyoD is essential for migratory muscle cell lineages, whereas Myf-5 is 
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necessary for determination of lineages that are derived from the myotomes 
[20, 21]. In mice lacking both genes, no muscle precursor cells are 
generated. In contrast, myogenin and MRF4 are not required for skeletal 
muscle lineage determination, but are active downstream of the other two 
members of the MyoD family: myogenin is responsible for fusion of muscle 
cells and the formation of myotubes, whereas MRF4 plays a role in the 
subsequent differentiation of myotubes into mature myofibers [ 12, 13, 15]. 
In adult muscle fibers, MRF4 is the predominant transcript [7]. Recent 
reviews on this topic, the regulation of expression of bHLH transcription 
factors and the role of integrins and cadherins in muscle development and 
migration, include references 22-25, all collected in a special issue of Cell 
and Tissue Research. 

Figure 1. Functions of myogenic determination factors in muscle determination and 
differentiation. For more details see text. 
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1.3 Regeneration of Skeletal Muscle

Although it has long been known that myotube nuclei are not capable of 
mitosis following the fusion of mononucleate myoblasts into myofibers 
during late gestation and neonatal development, these myofibers grow and 
the number of nuclei per fiber increases in the postnatal period. Furthermore, 
nuclei from damaged muscle fibers can be replaced during regenerative 
processes, and upon overuse of muscle, not only the size of muscle fibers 
increases, but also the number of nuclei per fiber. The origin of these nuclei 
was unclear until the identification of satellite cells [26, 27], and the 
suggestion that the nuclei of these cells might replace the nuclei of damaged 
muscle fibers during regenerative processes [26]. This suggestion was 
confirmed, and we now know that these satellite cells are mitotically 
quiescent cells, initially derived from embryonic myoblasts that withdrew 
from the cell cycle, adhered to developing myotubes and during further 
differentiation became localized under the basement membrane of the 
myofiber. The cells are activated and start to proliferate when existing 
muscle fibers are injured and need to be repaired or replaced, or existing 
myofibers need to grow [28-30]. Muscle regeneration then recapitulates 
myogenesis during embryonic development, i.e. proliferating myocytes line 
up, withdraw from the cell cycle and fuse to form myotubes. Some of these 
activated satellite cells, however, do not differentiate and are embedded 
under the basement membrane, thus providing a new pool of mononucleate 
myogenic cells capable of regeneration. 

The mechanisms by which quiescent satellite cells are activated in vivo 
are not well understood. Proliferating cells are not only recruited from sites 
close to the injury, but also from sites distant to the trauma or even from 
neighboring myofibers [31-33]. The relative number of activated satellite 
cells seems to decrease with increasing distance from the injured site [32], 
indicating that a gradient of mitogen concentration is established along the 
muscle length. Which mitogenic factors are responsible for satellite cell 
activation on the one hand, and satellite cell differentiation on the other 
hand, is difficult to examine in vivo. Therefore, most studies on these topics 
were performed with cultured satellite cells (see below). The few studies 
with human satellite cells show that proliferation is chiefly regulated by 
fibroblast growth factor (FGF) and epidermal growth factor (EGF) [34, 35], 
whereas differentiation and myotube protein synthesis seem to be mainly 
stimulated by insulin and insulin-like growth factors (IGFs) [34, 36, 37], 
Evidence for the in vivo and in vitro differentiation-stimulating effect of 
IGF-I was recently provided in several studies [38-41], and the mechanism 
of the stimulatory effect of IGF-I, which was mimicked by insulin in 
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combination with dexamethasone, was shown to be mediated by a 
calcineurin signaling pathway [42, 43].

2. TISSUE PROCUREMENT AND PROCESSING 

2.1 Tissue Procurement 

As sources for the isolation of myoblasts or satellite cells, theoretically 
all skeletal muscles are suitable, although the cell yield and the replicative 
capacity of the isolated cells may vary considerably with the site of muscle 
biopsy and the age of the donor [44, 45] (see below). Fresh non-fixed and 
non-frozen muscle specimens are usually obtained during corrective surgery 
or from biopsies taken for diagnostic purposes. In some scientific reports, the 
authors succeeded in finding volunteers willing to donate a small piece of 
muscle tissue [46]. The risks associated with a muscle biopsy are usually 
minimal, although the donor might experience considerable postoperative 
discomfort. Biopsies are usually taken under local anesthesia using scissors 
or a muscle biopsy clamp, or by percutaneous needle biopsy. Although it is 
no problem to isolate satellite cells from small needle biopsies, the total 
number of cells may be insufficient for the subsequently planned 
experiments. Alternatively, muscle specimens might be obtained during 
autopsy. Informed consent must be obtained from the donor or relatives, 
according to the local legislation. 

Normal human muscle biopsies can usually be obtained relatively easily 
from a hospital with an orthopedic department. However, a major problem 
with the study of cultures of diseased skeletal muscle cells is that at the time 
of biopsy the diagnosis is often unknown, and the tissue is fixed or frozen for 
histopathological staining, electron microscopy or biochemistry. Therefore, 
collaborations with neurologists or orthopedics who are interested in 
biomedical research, and willing to cooperate in preparing a portion of the 
muscle biopsy for tissue culture, are important. 

A highly praiseworthy initiative of the Friedrich-Baur-Institute of the 
University of Munich, Germany that is supported by the Deutsche
Gesellschaft für Muskelkrankheiten (i.e. German Society for Muscle 
Diseases) is the establishment of a collection of primary human muscle cell 
cultures derived from normal and diseased human skeletal muscle biopsies. 
Researchers can support the work of the Muskelbank by sending biopsies for 
the isolation of satellite cells, that, in small quantities, are made available for 
biomedical research at universities and non-profit institutions. The 
establishment of a complete collection would be an enormous improvement 
to the resources available to study normal and diseased human skeletal 
muscle cells in culture. Normal human skeletal muscle cells can also be 
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purchased from companies such as PromoCell (Heidelberg, Germany) and 
BioWhittaker (Walkersville, MD). 

2.2 Tissue Processing 

Probably due to the localization of the satellite cells underneath the 
basement membrane of the muscle fiber, muscle specimens can be stored for 
a conveniently long period. If the tissue is kept on ice in an appropriate 
buffer, such as sterile Dulbecco’s PBS (DPBS; 145 mM NaCl, 5.4 mM KCl, 
5 mM Na2HPO4, 25 mM glucose, 25 mM sucrose, 50 IU/ml penicillin and 
10 µg/ml streptomycin) [47], or Ham’s F12 medium supplemented with 
10mM HEPES/NaOH (pH 7.2) [44], the tissue specimens can be stored 
before processing for at least three days. Slightly fewer viable cells will be 
isolated from the biopsies (Table 1), but storage has no effect on 
proliferation and differentiation rates. After three days, however, the cell 
yield seems to drop considerably [44]. This allows transportation over long 
distances, and considering the time-consuming procedure for the enzymatic 
isolation of satellite cells described below, better planning of the 
experiments.

Table 1. The effect of storage of muscle biopsies in Ham’s F12 medium supplemented with 10 
mM HEPES, pH 7.2 at 4°C on the yield of satellite cells upon enzymatic dissociation [44]. 

Duration of storage Relative cell yield (%) 

< 12 hours 100 
1-3 days 66.8 
>4 days 40.1 

As an alternative, freshly biopsied muscle tissue may be frozen in liquid 
nitrogen. Approximately 3 mm3 pieces of muscle tissue are slowly frozen in 
sterile freezing vials in freezing medium consisting of 10% DMSO as a 
cryoprotectant in culture medium or FCS [48, 49 and our unpublished 
results] and our unpublished results. For freezing of cells, the temperature 
should drop approximately 1°C per minute. One can also place the vials at – 
20°C for one hour and subsequently overnight at –70°C before storing them 
in liquid nitrogen (our unpublished results). Many laboratories put their 
samples in a homemade container made of insulated cardboard, plastic or 
polystyrene foam and place it directly inside a –70°C freezer. This method is, 
however, not very reliable, and might cause considerable cell death. A 
relatively cheap and better method for freezing tissue fragments and cells 
uses a simple freezing container obtainable from Nalgene (Naperville, IL), 
filled with isopropyl alcohol. Cryovials can be placed in a vial holder in such 
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a way that the alcohol functions as an insulator and the complete device can 
be placed at –70 °C. 

For the isolation of myoblasts or satellite cells, one or more enzymes are 
usually used to dissociate the tissue. Numerous different protocols using a 
single enzyme or combinations of enzymes, such as trypsin [50], collagenase 
and trypsin [47, 51, 52], collagenase and pronase [44, 53], or pretreatment 
with collagenase and hyaluronidase, and subsequent further digestion with 
trypsin [54], have been described. A modification of a protocol initially 
developed by Yasin et al. [47] and applied successfully over many years in 
our laboratory, is described below. 

Fresh muscle biopsies are submerged in cold, sterile DPBS supplemented 
with 100 U/ml penicillin and 10 µg/ml streptomycin immediately subsequent 
to surgical removal from the body. Fat and connective tissue are removed 
with sterile forceps, scissors or dissecting knives. Approximately 250mg of 
the remaining tissue is rinsed a few times in DPBS, cut into small fragments 
and added to 5 ml DPBS containing 0.15% trypsin (1:250, Life 
Technologies), 0.1 % collagenase (tested batch, usually Sigma C-2139 works 
well), and 0.1% BSA (BDH Laboratory Supplies). The tissue is incubated in 
a slowly shaking water bath at 37 °C. After 15 minutes, the buffer is 
carefully removed and discarded, leaving residual tissue fragments in the 
container. At this stage of the procedure, it is mostly erythrocytes that are 
removed from the tissue fragments. After the addition of fresh enzyme 
solution (5 ml), the tissue fragments are processed further with sterile 
needles and the container is placed again in the water bath for 15 minutes. 
Dissociated cells are collected in an equal volume of 10% FCS in DMEM 
supplemented with antibiotics as above. This dissociation step is repeated 
two more times. Subsequently, 5 ml of DMEM containing FCS is added to 
the remaining tissue fragments, and these are gently forced ten times in and 
out of a 10 ml plastic tissue culture pipette. Supernatants with dissociated 
satellite cells are collected in medium, leaving larger tissue fragments at the 
bottom of the container. Cell suspensions are pooled and filtered through 
300 µm and 36 µm nylon mesh filters to remove residual tissue fragments. 
The cells are collected by centrifugation, counted and plated into tissue 
culture dishes at a density of approximately 50,000 cells per 35 mm culture 
dish in culture medium containing a high concentration of serum. We 
currently use DMEM (with 4.5 mg/ml glucose) supplemented with 20% 
selected FCS, 2% Ultroser G, 2 mM glutamine, 100 U/ml penicillin and 10 
µg/ml streptomycin. The next day, cellular debris and non-adherent cells are 
removed by washing with DPBS and fresh medium is added to the cells. 
Every two to three days, the culture medium is replaced with fresh medium, 
and the cells should be passaged before reaching confluence. 
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An alternative, also widely used method for the cultivation of human 
skeletal muscle cells is the so-called explant-reexplantation technique 
initially developed in the laboratory of Askanas and Engel [48, 55]. The 
establishment of muscle cultures is much less time-consuming, since muscle 
tissue is not treated with enzymes, but simply cut into small, 1mm3 pieces
that are placed into Petri dishes coated with a mixture of Factor VIII- 
depleted human plasma and gelatin, allowing cells to grow out from the 
tissue fragment. After two weeks, the explants are reexplanted into fresh, 
coated petri dishes with culture medium. While in the original protocol three 
different media, one of them containing human serum, were used [48], in 
more recent publications a single medium consisting of F14 medium [56] 
with 6 mg/ml glucose supplemented with 10% FCS, 25 ng/ml FGF, 10 ng/ml 
EGF, and 10 µg/ml insulin was used [35, 57, 58]. Since the cells that grow 
out of the primary explants are mainly fibroblasts, these cells have to be left 
in the original petri dish. Outgrowing cells from the re-explanted tissue 
fragment are mainly myoblasts that are allowed to proliferate and 
differentiate without changing the culture medium to a low-nutrition
medium. A combination of the explant technique and mass monolayer 
culture includes trypsinization of the cells that grow out of the explants in 
order to prepare secondary cultures on a gelatin coated substrate [59]. 

A further method for studying proliferation and fusion of satellite cells 
worth mentioning here, although until now not applied on human muscle 
fibers, is culture of isolated single fibers. This culture system was developed 
by Bischoff [60], who used a modification of a protocol described by Bekoff 
and Betz [61]. It allows the examination of satellite cells that remain 
attached to the muscle fiber, and therefore can be considered to better 
resemble the in vivo situation. In contrast to the monolayer mass cultures that
start with the liberation of satellite cells from muscle tissue, in this method 
muscle tissue is only mildly enzymatically digested, leaving the muscle 
fibers intact with the satellite cells still lying between the basal lamina and 
the sarcolemma. It proved to be important to remove colostripain from crude 
collagenase, since colostripain damages the basal lamina [60]. The obvious 
advantage is the contact of the satellite cells with the muscle fiber 
sarcolemma and the basal lamina that cannot be reproduced in monolayer 
cultures. The method was used to study feedback both between the 
sarcolemma and satellite cells, and between the basement membrane and 
satellite cells [62, 63]. Furthermore, it was shown to be highly suitable for 
studies concerning the response of satellite cells to the addition of mitogens, 
growth factors and hormones [62-65]. A drawback of the method is that only 
small, intact muscle fibers can be studied, since in damaged muscle fibers 
regenerative processes will be initiated. Rosenblatt and co-workers adapted 
the protocol to allow treatment of larger muscle fibers and showed that the 
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few satellite cells derived from a single myofiber suffice for most 
experiments. With this method, specific populations of satellite cells that are 
associated with individual slow or fast muscle fibers can be studied [66, 67]. 
Again, this culture system was not optimized for human myofibers, and the 
technical difficulties associated with the fragility of single human myofibers 
might make the method unsuitable [68]. 

One can also take advantage of the regenerative processes that are 
initiated after muscle fiber damage and study regeneration in explants of 
human muscle [69, 70]. Muscle samples, either fresh or frozen in 10% 
DMSO, 20% human placental cord serum in Hank’s balanced salt solution, 
are cut into 0.7 - 1.0 mm long pieces containing a bundle of up to 20 muscle 
fibers. The tissue fragment is placed in culture medium consisting of 65% 
DMEM, 25% human placental cord serum, 10% chick embryo extract and 6 
mg/ml glucose. The satellite cells of the damaged fibers are activated, start 
to regenerate and fuse to form new myotubes along and within the basement 
membrane of the old fibers that degenerate. The complete process of 
regeneration can be studied by immunocytochemistry and electron 
microscopy. Small fibers that are not damaged during tissue preparation, or 
that are resealed directly after preparation may, however, persist in the 
cultures [71]. 

2.3 Donor-to-Donor and Muscle-to-Muscle Variability 

Depending on the planned experiments, different numbers of cells are 
required. In cases where large numbers of cells are needed, the choice of 
donor and the site of biopsy might be important. Although it was reported 
that a single satellite cell can be expanded to at least 10 million cells [50], 
which would enable extensive biochemical studies with cells isolated from a 
small biopsy, the replicative capacity varies considerably with donor age. 
Under identical in vitro conditions, the average number of progeny produced 
was inversely proportional to donor age. Hence, the proliferation potential of 
satellite cells decreases with age [72, 73]. While the average replication 
capacity was reported to be 45 doublings [74], this capacity may vary from 
less than 10 doublings for satellite cells isolated from a muscle biopsy from a 
62 year old person to 65 doublings for cells from a newborn child [72]. 
Furthermore, the yield of viable satellite cells per mg of tissue decreases 
with increasing donor age [44]. The sex of the donor did not have any 
influence on the cell yield or proliferation and fusion rates. Since all satellite 
cells seem to have the potential to proliferate and fuse [44, 75], intrinsically 
they are all appropriate for most studies. The limited capacity of cells 
isolated from biopsies from older donors might, however, not make them the 
cells of choice for experiments requiring very large numbers of cells. 
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In choosing the biopsy site, one should consider that oxidative muscle 
fibers have a much higher density of satellite cells than do glycolytic muscle 
fibers [76], and therefore, the cell yield per gram of biopsy may vary 
considerably depending on the biopsied muscle [44]. The question whether 
satellite cells derived from individual muscles are a uniform population, or if
the cells show a diversity in their characteristics, is yet to be answered. The 
latter would mean that cultures derived from different muscles may vary. 
Although several groups reported that avian [77, 78], rabbit [79] and human 
[80] satellite cells are pre-programmed to form myotubes of a certain type, 
other authors found no evidence for the existence of different fast and slow 
satellite cell lineages in rat [81] and human postnatal skeletal muscle [82, 
83]. This discrepancy possibly can be explained by differences in culture 
conditions, indicating that extrinsic factors, like the choice of the substrate, 
may play a role in determining myotube diversity [84]. 

3. CULTURE TECHNIQUES 

3.1 Choice of Culture Medium

An optimized culture medium is extremely important to achieve optimum 
proliferation and differentiation of human muscle cells. In the early 1970s, a 
variety of techniques were developed that subsequently were adapted to find 
the most favorable conditions for the experiments performed in each 
laboratory. In 1976, a list of 15 different culture media applied in different 
laboratories was presented [59]. Many culture media are suitable for 
culturing human skeletal muscle cells. Firstly, one should decide whether to 
use a single medium for proliferation and differentiation of the cells, or 
separately use a high nutrition medium for proliferation and a low-nutrition 
medium for differentiation. In our laboratory, we use two separate media 
[85-87]. The cultures reach a higher density in a typical growth medium, 
differentiation of the myoblasts is more synchronous, and the decreased 
amount of nutrients in the medium seems to stimulate withdrawal from the 
cell cycle and accelerate differentiation [34, 88]. High nutrition media 
traditionally contain 15 or 20% FCS, often enriched with 0.5 or 2% chicken 
embryo extract, in synthetic culture media such as DMEM [47, 50, 75, 89], 
MEM [54, 90], MCDB 120 [34], Ham’s F10 [91-93], Ham’s F12 [44], 
medium 199 [94, 95] or mixtures of these media [96]. Further supplements 
have been reported to enhance human muscle proliferation and 
differentiation (e.g. rat brain extract) [51, 97]. The stimulating effects of 
sera, embryo extracts and brain extracts were found empirically, and are still 
not completely understood. In the search for improved media, it was found 
that sera and embryo extracts can, at least in part, be substituted by FGF, 
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EGF, insulin, dexamethasone, albumin and fetuin [34], or transferrin, 
insulin, FGF and EGF [35, 88]. The composition of a medium without sera 
or embryo extracts would be defined and thus would exclude variabilities 
due to the usage of different serum or extract batches. A defined medium
was developed to allow serum-free growth of human skeletal muscle cells 
[34]. This medium consists of MCDB 120 nutrient mix, a medium in which 
the concentrations of all nutrients were optimized for human muscle satellite 
cells, supplemented with FGF, EGF, insulin, dexamethasone, BSA and 
fetuin. Addition of FCS to the culture medium, however, further improved
growth, indicating that FCS contains yet unknown proliferation stimulating 
factors [34]. In this medium, cells hardly differentiate and they have to be 
transferred to a differentiation medium such as DMEM supplemented with 
10 µg/ml insulin to allow fusion. Although fusion will occur in most low-
nutrition media, such as 2% or 10% HS in DMEM, with or without CEE, 
other media were described to enhance differentiation. These include 
DMEM supplemented with 0.4% Ultroser G [51, 52], with 10 µg/ml insulin 
and 100 µg/d human transferrin [88], or with 10 µg/ml insulin, 0.5 mg/ml
BSA and 10 ng/ml EGF [93, 98]. The reported stimulatory effect of Ultroser 
G on the proliferation and, in low concentrations, also on the differentiation 
of human skeletal muscle cells [51, 52, 97], can probably be explained by 
the fact that most of the above mentioned stimulatory components are 
present in this medium substitute [51]. Recent reviews summarizing the 
multiple studies on the effects of growth factors and hormones on in vitro 
mammalian myoblast proliferation and differentiation include references 
[36] and [37] (see also Table 2). 

3.2 Coating of Growth Surfaces 

Primary human skeletal muscle cells grow and differentiate very well on 
uncoated plastic tissue culture surfaces [51, 97, 99, 100], and even on 
untreated glass [52, 85]. However, most researchers prefer treating the 
surface on which muscle cells are cultured either with gelatin [59, 80, 95], a 
mixture of human plasma and gelatin [48] or collagen [35, 47, 50, 54, 101]. 
Other researchers prefer Matrigel (Becton Dickinson), a mixture of several 
basement membrane components such as laminin, type IV collagen, heparan 
sulfate proteoglycan and entactin [80]. 
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Table 2. Effects of growth factors and hormones on proliferation and differentiation of 
myoblasts and satellite cells. The data are based on several reports (for references see refs 29, 
36 and 37). Therefore, some contradictory data appear in the table. 0: no effect; -: inhibitory 
effect; +: stimulatory effect; ?: no published data. 

Factor Proliferation Differentiation 

Insulin 0, + + 
Insulin-like growth factors (IGFs) + + 
Growth hormone 0 0, + 
Fibroblast growth factor-1, -2 (FGF-1, -2)
Epidermal growth factor (EGF) 0, + + 
Transforming growth factor-α (TGF-α) 0, + +
Transforming growth factor-β (TGF-β) -,0,+
Platelet-derived growth factor (PDGF) 
Dexamethasone 0, + 0, -
Triiodothyronine 0 0, + 
Testosterone 0 
β-adrenergic agonist 0, + 0, +
Leukaemia inhibitory factor (LIF) + ? 
Retinoic acid ? + 
Linoleic acid ? + 
Calcitonin-gene-related peptide (CGRP) ? + 

0, + 

0, + 

Laminin was shown to promote cell adhesion and differentiation of rat 
and mouse myoblasts [102-105], although the response to laminin was 
reported to be dependent on the age of the donor rats [103]. Entactin is 
responsible for long-term maintenance and maturation of contractile rat 
skeletal myotubes [105]. In a study on chicken myocytes, it was noted that in
the absence of collagen, globular syncytial structures were formed instead of 
long cylindrical myotubes [106]. Another report describes that myogenic
chicken cells cultured on type I collagen aligned in parallel, whereas 
myotubes grown on type V collagen did not have the normal elongated 
appearance and were not aligned [107], indicating that the correct isoform of
collagen is essential for myotube differentiation. But why can human 
myotubes differentiate so well on uncoated plasticware and even on glass 
[34, 51, 85, 97]? An explanation might be that in mixed cultures of primary 
muscle cells, the cultured cells produce basement membrane components 
themselves. Differentiated mouse myotubes contained increased levels of 
type IV collagen and laminin as compared to mononuclear myoblasts [108]. 
Fibroblasts are known to produce collagen IV, which contributes to the 
surface of myotubes [109]. Furthermore, in contrast to myotubes that 
differentiate in a mixed cell population, myotubes developed from clonal 
myoblasts do not seem to form a basement membrane [110-112]. In 
conclusion, coating of tissue culture surfaces might be extremely important 
in cultures containing no, or very few fibroblasts (e.g. in clonal cultures or 
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muscle cell-enriched cultures), whereas in mixed cell populations cultured in 
optimized media, sufficient basement membrane proteins are synthesized by 
the cells to promote terminal differentiation. 

3.3 Enrichment of the Cell Population for Muscle Cells 

A frequent problem in primary cell culture is the presence of non-muscle 
cell types [113], especially fibroblasts, which can overgrow the cell type of
interest. Several protocols have been described to remove fibroblasts from 
primary cultures of human skeletal muscle cells (Table 3). A very simple 
method is preplating the isolated cells on tissue culture dishes for 20 - 30
minutes preceding the eventual seeding [50, 114]. Fibroblasts adhere faster 
to the dishes in comparison to satellite cells, and after 20 minutes, the non- 
adhering cells are replated in a fresh tissue culture dish. The vast majority 
(96-100%) of these non-adhering cells were reported to be satellite cells 
[50]. Conversely, fibroblasts seem to be less sensitive to trypsin and adhere 
longer to the dish surface relative to myoblasts during passage detachment. 
Keeping trypsin dissociation as brief as possible, fibroblast contamination 
does not go beyond 5% [115]. The use of a special plastic support that favors 
myoblast proliferation more than fibroblast proliferation (Primaria, Falcon) 
can also help to obtain fibroblast-poor myoblast cultures [88]. 

Table 3. Procedures to enrich the cell population for muscle cells 

Procedure Special requirements References 

Pre-plating None 50, 114 

Myoblast proliferation Primaria dishes (Falcon) 88 
favoring dishes 
Flow sizing Flow cytometer 116
FACS Fluorescence activated cell sorter; 5.1H11 101 

Percoll density gradient Percoll; centrifuge 119, 120, 121 
centrifugation

antibody

A further, more elaborate protocol for the enrichment of satellite cells is 
flow cytometry [116]. This method takes advantage of the fact that satellite 
cells are smaller than most of the other cell types isolated after dissociation 
of biopsy material, and therefore can be size separated by flow cytometry. 
Over 98% of these cells were stained by the 5.1H11 monoclonal antibody 
[117] that labels an NCAM isoform specifically expressed on the surface of
myoblasts and myotubes [118]. 

The 5.1H11 antibody was also used to purify human myoblasts with a 
fluorescence-activated cell sorter [101]. A cell suspension is incubated with 
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hybridoma supernatant, and subsequently with biotinylated anti-mouse IgG 
antibody and Texas Red®-avidin. Alternatively, cells were incubated with 
Pan F haptenated antibody and FITC-conjugated anti-Pan F hapten antibody. 
The amplification of the fluorescent signal is necessary due to the low 
density of the antigen on the surface of the myocytes. With this method, 
approximately 6000 myoblasts per second can be purified from a mixed cell 
population. An enrichment of myoblasts to greater than 99% was reported 
[101]. Essential for optimal cell separation is the complete dissociation of
cell monolayers in order to avoid cell clumping and selection of 5.1H11 
negative cells simply by adherence to myocytes. 

Two further methods used Percoll density gradient centrifugation for the 
purification of chicken [119, 120] and rodent [121] satellite cells. This 
technique might also be useful to enrich the myoblast fraction from human 
myoblasts. The protocols take advantage of the fact that in a discontinuous 
Percoll gradient, satellite cells can be separated from fibroblasts, 
erythrocytes and fiber debris. 

3.4 Passaging and Conservation

In monolayer cultures, skeletal muscle cells will differentiate upon 
reaching confluence due to contact inhibition, even in high nutrition media. 
To prevent this, once cells have fused and exhibit irreversible withdrawal 
from the cell cycle, cells have to be detached from the growth surface by 
treatment with a trypsin solution, diluted, and plated in a fresh Petri dish. 
Although trypsinization is a standard procedure described in every culture 
manual (e.g. refs 53, 122), the optimal procedure depends on how firmly a 
specific cell type attaches to the surface and how sensitive the cells are to 
different concentrations of trypsin. Our human skeletal muscle cell cultures 
are passaged before the cultures reach confluence and before any myotubes 
are visible. The medium is aspirated from the cells and monolayers are 
treated with warm 0.5mM EDTA in DPBS for 1 minute. After aspiration of 
the EDTA solution, a thin layer of pre-warmed 0.025% trypsin (1:250) is 
added, and the cells are placed at 37°C for a few minutes until they detach 
from the surface and float. The action of trypsin is stopped by adding an 
equal volume of culture medium, and the cells are collected by 
centrifugation (6 min, 50 g) in a 15 ml conical tube. After careful aspiration 
of the supernatant, the cell pellet is loosened by gently flicking the tube, the 
cells are resuspended in culture medium and plated in fresh culture dishes. A 
maximum subcultivation ratio of 1 :6 is recommended. If trypsinized cells are 
to be frozen, the cell pellet obtained after centrifugation has to be loosened, 
suspended in sterile freezing medium at a density between 2 x 105 and 5 x 
106 cells per ml, and frozen as described above for skeletal muscle tissue 
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fragments (see section 2.2). Freezing of skeletal muscle cells does not 
significantly alter their capacity to proliferate and differentiate if the frozen 
cells were not grown for a long period in culture [49, 50, 52]. It is, therefore, 
advisable to freeze large numbers of vials from the earliest passages of each 
individual culture. 

3.5 Extending the Life Span of Muscle Cells 

Since the moderate proliferative capacity of primary human skeletal 
muscle cells is a limiting factor in studies for which large numbers of 
myoblasts are required, several groups have tried to immortalize human 
myoblasts, or at least to extend their life span [123-128]. Transfection of 
human myoblasts with constructs that carry the gene encoding the SV40 
large T antigen resulted in an extended life span of these cells while their 
capacity to differentiate in a nearly physiological manner was more or less 
well preserved. Expression of the T antigen has been used to immortalize 
several cell types of human origin [129]. This immortalization depends on 
the inactivation of tumor suppressor proteins p53, retinoblastoma gene 
product (RB), and the RB-related proteins p107 and p130 [130]. RB, in turn,
seems to bind and inactivate MyoD and myogenin, thus inhibiting de-
differentiation of myotubes [131, 132]. Therefore, in myoblasts the
expression of the T antigen has to be switched off in order to allow complete 
differentiation of the cells [124, 125]. For this purpose, T antigen expression 
was linked to an inducible promoter or a temperature-sensitive version of T-
antigen [123, 126], or to the vimentin promoter that is down-regulated upon 
differentiation of muscle cells [125, 127]. Expression of the T antigen 
reduced the doubling time of fetal myoblasts and satellite cells, while the 
number of mean population doublings was considerably increased. A similar 
effect was obtained by infecting human satellite cells with viral constructs 
carrying the E6 and E7 genes of human papillomavirus [128]. Expression of 
these genes immortalizes cells by a similar mechanism to that described for 
the large T antigen [133]. Clones of myoblasts expressing the E6 and E7 
genes often showed an extended life-span. The continuous expression of the 
genes resulted, however, in limited muscle differentiation [128].

4. ASSAY TECHNIQUES 

Since all available methods to isolate skeletal muscle cells from biopsy 
material co-purify non-muscle cells, it is extremely important to establish the 
number of muscle cells within the mixed cell population. Diseased muscles 
may contain considerable numbers of fibroblasts, especially when the 
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disease is accompanied by a proliferation of interstitial tissue. The large 
number of fibroblasts may easily overgrow the myocytes, which would 
necessitate purification of the myocytes by one of the methods described in 
Section 3.3. Furthermore, myocytes might have problems finding partners to 
fuse with, resulting in very poor differentiation. 

4.1 Morphology 

Unfortunately, proliferating myoblasts, early myocytes and fibroblasts 
have similar morphologies, making identification by light microscopy 
extremely difficult, even for experienced researchers [52, 114, 134]. 
Immediately after plating, freshly isolated myoblasts or satellite cells have a 
rounded appearance that changes gradually following attachment to the 
substratum. The cells take on a spindle-shaped to polygonal appearance, and 
as long as the cultures are non-confluent, rounded-up mitotic cells can be 
observed (Figure 2). Withdrawal of most of the nutrients from the culture 
medium induces differentiation that results in the development of long, 
cross-striated and spontaneously contracting myotubes. Usually, this process 
takes six or seven days using the culture conditions described above. The 
fusion of myoblasts to myotubes is irreversible but, during all stages of 
differentiation, numerous mononuclear cells that have withdrawn from the 
cell cycle without fusing are observed, and these cells can re-enter the cell 
cycle upon addition of nutrients. Since muscle cells cannot be 
microscopically identified until they start to differentiate, antibodies specific 
for myoblast markers must be used. One of the antibodies, 5.1H11 [117], 
was described above. This antibody can be obtained from the Developmental 
Studies Hybridoma Bank maintained by the University of Iowa (Iowa City, 
IA). More generally used, however, are antibodies against desmin, the 
muscle-specific intermediate filament protein. In contrast to fibroblasts, 
proliferating human satellite cells are stained by antibodies specific for 
desmin [52, 135]. 
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Figure 2. Phase contrast photomicrographs of methanol-fixed cultured human skeletal muscle 
cells during several stages of differentiation. Proliferating cells are depicted before reaching 
confluence (A) and upon reaching confluence (B). In these stages, all cells are mononuclear. 
The rounded-up cells visible in A are mitotic cells. Within one day following induction of 
differentiation by nutrient-withdrawal, the first small myotubes can be observed (C). The 
number myotubes, as well as the size of the individual myotubes, increases rapidly during the 
next few days, and usually branched myotubes can be observed (D-F). After approximately 
six days of differentiation, the myotubes often contract spontaneously and show a cross-
striated appearance (F, see also Fig. 3). Bar: 100 µm. 
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4.2 Degree of Differentiation 

Maturation of cultured myotubes can be studied by various methods. The 
morphology changes dramatically during development (Figure 3). Early 
myotubes are relatively thin and short with centrally located, clustered 
nuclei. More differentiated myotubes are longer and thicker, and nuclei are 
often more peripheral. With phase-contrast, development of cables 
(immature myofibrils) can be seen, which occupy most of the sarcoplasm, 
forcing the nuclei to the subsarcolemmal region. From these immature 
myofibrils, structures with an obvious cross-striated appearance develop. 
Eventually, these align and the whole, often spontaneously contracting, 
myotube displays a myofibrillar cross-striation. 

This process can be studied immunocytochemically using antibodies 
recognizing components such as titin (Figure 4) [52, 85, 99]. The 
supramolecular organization of this giant protein is a good marker for the 
development of myofibrils and thus, the differentiation of myotubes [52]. In 
proliferating myoblasts titin cannot be detected, but in differentiating human 
skeletal muscle cells, titin is one of the first myofibrillar proteins expressed 
after the induction of differentiation, even before cell elongation or cell 
fusion occurs. In these cells, titin is distributed in a punctate pattern. Then 
these titin aggregates associate with actin bundles, the so-called stress fiber- 
like structures. During further differentiation, titin is reorganized in 
longitudinal fibrils that eventually change to cross-striated myofibrils. 
Terminal differentiation is reached when the previously individual 
myofibrils lie in register and the myotubes show a mature cross-striated 
morphology when stained for titin [52, 99].

Biochemical assays include analysis of creatine kinase (CK) isozymes. 
CK is composed of two subunits (CK-B and/or CK-M). In proliferating 
myoblasts, only the CK-BB isoform is detected, and in differentiated normal 
adult muscle, the muscle CK-MM is almost the only isoform present. 
Intermediate stages contain a mixture of both isoforms together with the 
heterodimer CK-MB. The assays take advantage of the fact that during 
embryogenesis, regeneration and in vitro differentiation, the levels of the 
individual CK dimers present in the muscle cells gradually change [ 114, 
136-138]. The percentage of CK-MM is a marker for the maturation grade.
The highest percentages of CK-MM reported in aneurally cultured human 
myotubes and using optimized media were over 60% [51, 139], while in 
cultures with standard culture media, CK-MM percentages of 15 to 20% are 
usually reached [51]. The activity of CK and other enzymes such as 
cytochrome c oxidase, phosphorylase, citrate synthase and AMP deaminase 
also correlate with the maturation grade, and are useful differentiation 
markers [51, 89].
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Figure 3. Assembly of myofibrils in phase contrast photomicrographs of methanol-fixed
cultured human skeletal muscle cells during several stages of differentiation. In proliferating 
cell cultures (A), cells are mononuclear and mitotic cells with separated sister chromatids may 
be observed. Shortly after induction of differentiation, the first myoblasts fuse to form small 
myotubes (B). In these developmental stages, hardly any filamentous material is observed. 
During the next few days, mononuclear myoblasts fuse with the early myotubes and large, 
multinuclear myotubes are observed (C-J). The amount of filamentous material gradually 
increases. During the first approximately two days of differentiation, this material has a thin 
and non-structured appearance (C-E), but occupies most of the myotube, forcing the nuclei to 
the periphery. Thick cables later appear (F) that gradually develop cross-striations (F,G), 
indicating that myofibrillar structures are assembled (2 - 4 days of differentiation). The 
sarcoplasm of the most mature myotubes, after approximately 6 days of differentiation (H,J), 
is filled with large numbers of fully developed myofibrils with discernable A-bands, I-bands,
and Z-discs (arrows in J, inset). Bar: 20 µm or 8 µm (inset). 
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Figure 4. Immunocytochemical analysis of myofibril assembly. Depicted are 
immunofluorescence micrographs of different stages of methanol/acetone fixed proliferating 
(A) or differentiating (B-F) human skeletal muscle cells stained with an antibody that 
recognizes a titin epitope close to the Z-disc. Whereas in proliferating myoblasts titin cannot 
be detected (A), within 16 hours following the induction of differentiation, titin is expressed 
in a diffuse or punctate pattern (B). Subsequently, these titin aggregates associate with actin 
bundles, the so-called stress fiber-like structures, resulting in a continuous staining of these 
structures (C). During further differentiation, titin is reorganized and observed as regularly 
spaced dots (D) that eventually change into cross-striations (E). In mature myotubes, 
individual myofibrils register and the complete myotube shows a cross-striated morphology 
when stained for titin (F). Bar: 25 µm. 
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Electrophysiological methods to estimate maturity of muscle cultures 
include the analysis of resting membrane potentials [95, 140-142].
Dependent on the differentiation grade of the myotubes, membrane 
potentials may achieve values close or equal to those of around -60 to -80
mV reported for adult human muscle [140, 143]. 

4.3 Enhancement of Differentiation by In Vitro 
Innervation

Although improved media have been developed, cultured human skeletal 
muscle cells remain in a relatively immature state not only in comparison to 
adult myofibers in vivo, but also to cultured primary myotubes from other 
species. The knowledge that terminal myofiber differentiation in vivo is only 
reached upon innervation stimulated several investigators to develop nerve-
muscle co-cultures. Early experiments were performed with embryonic 
rodent spinal cord explants and human or rodent skeletal muscle fragments 
placed on collagen-coated glass coverslips in culture medium containing 
high levels of human serum and rat embryo extract. These experiments 
showed that myofibers within the muscle fragments are innervated by axonal 
outgrowths of nerve cells from the spinal cord explant. Neuromuscular 
connections had a well-differentiated ultrastructure and neuromuscular 
transmission took place, and innervation had dramatic stimulatory effects on 
regenerative capacity and survival of the muscle fibers [69, 144-147]. This 
organ culture technique requires considerable experience in manipulating the 
tissues and maintaining the cultures, but allows the evaluation of 
regeneration and innervation in small pieces of muscle tissue. However, due 
to the minimal amount of available material, organ cultures may be less well 
suited for biochemical studies, although analyses of enzyme profiles has 
been reported [ 147]. 

Completely de novo formation of specialized sites on the surface of 
myotubes that will further differentiate to form neuromuscular junctions can 
be studied by innervation of monolayer cultures. In the organ culture system, 
new myotubes develop within existing basal lamina that are often re-
innervated at partly degenerated original synaptic sites. In contrast, in 
monolayer cultures, all basal lamina structures including synaptic sites are 
assembled de novo. This allows the analysis of consecutive developmental 
stages during the maturation of neuromuscular junctions. Pioneering work 
with dissociated suspensions of chicken myoblasts and embryonic motor 
neurons was described by Shimada and co-workers [148-152], while a 
method to innervate monolayers of human skeletal muscle cells was 
developed in the laboratory of Askanas [153]. In this procedure, muscle cells 
obtained using the explant-reexplant technique are allowed to grow and 
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differentiate in a medium containing F14 medium [56] with 6000 mg/l 
glucose and supplemented with 10% FCS, 25 ng/ml FGF, 10 ng/ml EGF, 
and 10 µg/ml insulin [35]. Approximately 10 to 15 days after the appearance 
of the first myotubes, four transverse slices of spinal cord with attached 
dorsal root ganglia [154] from 12 to 14 day-old rat embryos are placed in 
each 35mm Petri dish with myotubes. The co-cultures are kept in the same 
medium from which FGF and EGF are omitted. Within 2 to 3 days of 
explantation of the neural tissue, contacts between neurites and myotubes 
develop. Whereas non-innervated myotubes degenerate 6 to 8 weeks after 
the start of co-culture, in the same Petri dish cross-striated and contracting 
innervated myotubes can be maintained for months. When compared to non- 
innervated cultures, these innervated cultures: i) contain more continuously 
contracting myotubes [153], ii) express increased levels of muscle-specific
isoforms of several enzymes [155, 156], iii) have higher resting membrane 
potentials [157] and iv) contain myotubes with a more mature distribution of
basement membrane components and T-tubules [153, 158]. 

It must be noted that the differentiation-stimulating effects of innervation, 
at least in part, are mimicked by optimized media containing extracts from 
neonatal rat brain [51, 97] or extracts from peripheral nerves [159- 161].

4.4 Gene Delivery to Cultured Muscle Cells 

Although several reports have been published that describe transfer of 
genes cloned in plasmid-based eukaryotic expression vectors to cultured 
chicken [162], quail [163, 164], mouse [165-167] or rat primary skeletal 
muscle cells, high transfection efficiencies are difficult to obtain. Probably 
the lowest transfection levels were found in human myocytes: very low 
transfection efficiencies within the range of 0 - 1% were obtained [125, 168]. 
This urged many researchers to use recombinant viruses to introduce genes 
into mammalian myocytes [126, 128, 169-176]. The disadvantage of this
method is that retroviruses often are highly cytotoxic. Currently, novel 
recombinant viral vectors and transfection protocols are being developed that 
might optimize infection efficiencies in human muscle cells [128, 170, 173- 
177].

4.5 Making Your Own Muscle Cells

In cases where no skeletal muscle biopsies are available, other cell types 
that are much easier to obtain, such as fibroblasts, amniocytes and chorionic- 
villus cells may be forced into myogenesis by the introduction of MyoD [3]. 
These converted cells were shown to express skeletal muscle specific 
proteins, to be able to fuse, to develop mature myofibrils, and to express 
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dystrophin [178, 179], enabling analysis of early stages of muscle 
differentiation by immunohistochemical staining. Furthermore, expression of 
muscle-specific mRNAs in these cells facilitates RNA-based mutation 
detection. The limitations of this method in early studies with a retroviral 
vector (low transduction efficiencies and the necessity to select transduced 
cells) were overcome by the development of an adenoviral vector carrying 
MyoD, enabling transduction efficiencies of up to 95% [177, 180]. 

4.6 Human Skeletal Muscle Cell Lines 

Primary skeletal muscle cells can be propagated for several generations. 
After a number of passages, cell senescence can be anticipated and the cells 
lose their myogenic phenotype, which might be caused by a progressive 
telomere shortening [72]. It is therefore important to freeze as many cells as 
possible from early passages. An alternative would be the establishment of a 
permanent myogenic cell line. Several rodent myoblast or myoblast-like cell 
lines have been described that were obtained after cloning primary myogenic 
cells. Currently, continuous cell lines developed from mouse [74, 181, 182] 
and rat [183] skeletal muscle are available. Although these cells can fuse into 
myotubes and are used extensively to study several aspects of muscle 
differentiation, these cells must be considered as tumor cells and are no 
longer normal muscle cells. Furthermore, several cell lines have been 
described that have at least some characteristics of muscle cells. In all of 
these cell lines, one or more of the myogenic transcription factors is not 
expressed and terminal differentiation of the cells is inhibited [184]. 

The generation of human muscle cell clones was described by two groups 
[185, 186]. Cell lines were derived from individual cells by clonal growth of
primary skeletal muscle cells and selection for myogenic potential. The G6 
cell line differentiates rapidly and over 60% of the nuclei are found in 
myotubes after two days of differentiation in a low nutrition medium [185]. 
Although several aspects of muscle cell differentiation can be examined 
using these cells [187-190], the fact that they lose a large part of their 
differentiation potential within three weeks of culture [185] is a major 
drawback. The RCMH cell line [186] has retained over 200 passages some 
characteristics of muscle cells, but little fusion occurs [192] and the 
suitability of this cell line for muscle differentiation studies seems rather 
limited.
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5. CLINICAL USE OF MYOBLASTS 

5.1 Transplantation of Myoblasts 

Following the discovery that mutations in the dystrophin gene resulted in 
Duchenne and Becker muscular dystrophy, several groups tried to use gene
therapy by transplantation of normal or genetically engineered myoblasts. 
Fusion of the transplanted myoblasts with the damaged myofibers would 
restore the expression of dystrophin in these myofibers, and lead to a 
cessation of muscle fiber necrosis and improved strength of the implanted 
muscles. Initially, most experiments were performed with mdx mice, an 
animal model of DMD. In most cases C2 or C2C12 myoblasts, two well 
characterized mouse myoblast cell lines, were used in such studies. Although 
expression of wild type dystrophin could be detected in individual diseased 
muscle fibers upon transplantation, the graft success was low in the absence 
of immunosuppression. The success rate was barely increased following 
irradiation of the transplanted muscle to prevent activation of host satellite 
cells, or pre-conditioning the muscles to be transplanted by damaging them 
(by treatment with e.g. notexin). 

In clinical studies with DMD patients, considerable success was reported 
by Law and co-workers, with expression of dystrophin in transplanted 
muscles even 6 years after transplantation [193-195]. These results could,
however, not be reproduced by several other groups [196-200]. Within half a 
year following myoblast transplantation, most patients did not show any 
expression of donor-derived dystrophin, and in other patients very few 
muscle fibers showed expression of wild-type dystrophin, leading to a failure 
to improve muscle strength. The damaging treatments used to improve 
transplantation efficiency in mice cannot be used in human clinical studies. 
Therefore, alternative methods to increase transplantation efficiency, such as 
preincubation of the myoblasts to be transplanted with concanavalin A (to 
increase the capacity to migrate in the grafted muscle [201]), are being 
tested. Furthermore, improved methods of cell delivery and acceptable 
methods to pre-treat the muscles to be grafted are currently being developed. 

5.2 Myoblasts and Gene Therapy 

The most promising approach is probably the transplantation of 
autologous, genetically-modified myoblasts. The advantage of this method is 
that immune responses to the transplanted myoblasts are prevented by the 
use of primary muscle cell cultures derived from the patient to be treated. 
These diseased muscle cells are modified by adenoviral dystrophin gene 
transfer. Since the capacity of these replication-deficient viral constructs is 
limited, the complete dystrophin cannot be cloned. Instead, a truncated 
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dystrophin (mini-dystrophin) is expressed to convert the DMD phenotype to 
the less-severe BMD phenotype [202]. Remaining problems include the 
modest efficiency of myoblast transduction and the loss of viral copy 
number during replication of the myoblasts. This system might also be 
useful for delivery of ’normal’ proteins and restoration of the diseased 
phenotype in other diseases with characterized causes. In vitro evidence for 
the functionality of this method was provided by transduction of C2C12 
myotubes with an adenoviral vector containing the muscle glycogen 
phosphorylase cDNA, resulting in synthesis of the enzyme in the myotubes 
[203]. In vivo transduction of the virus to muscle fibers of patients with 
McArdle’s disease, which is caused by a glycogen phosphorylase deficiency, 
might prove to be of clinical use. The success of methods using recombinant 
replication-deficient adenoviruses (and plasmids) that drive expression of a 
cloned cDNA rely on the fact that muscle fibers seem to be unable to 
eliminate episomal DNA. 

The transplantation of genetically-engineered myoblasts, or the 
transduction of muscle fibers, provides the possibility of therapy for non- 
muscle diseases. The transplantation of C2C12 cells engineered to express 
insulin in diabetic mice, for example, resulted in the development of insulin 
producing and secreting myofibers [204]. These mice showed significantly 
increased insulinemia and decreased hyperglycemia. 

5.3 Myoblasts and Treatment of Heart Failure 

The implantation of skeletal myoblasts into the heart after a myocardial 
infarct seems to be a further promising possibility for clinical use [205-210]. 
Since cardiomyocytes cannot regenerate, the loss of injured myocardial 
tissue is irreversible and the wounds are healed by replacement with scar 
tissue. Among the cell types that could be transplanted to injured hearts in 
order to replace scar tissue or to prevent scarring, skeletal myoblasts are the 
cells of choice for several reasons. Although cardiomyocytes appear to be 
more eligible, the fact that they, in contrast to skeletal myoblasts, do not 
proliferate in culture makes their use impractical. Skeletal myoblasts have 
the advantage that high numbers of autologous donor myoblasts can be 
cultured, allowing reparation of myocardial infarcts in humans. The 
implanted cells differentiate into fully developed, slow twitch fibers that not 
only prevent the formation of scar tissue, but also have the capacity to 
perform cardiac work. This approach has been tested on rats [208, 209], 
mice [205], and dogs [206, 207] and is a promising novel strategy for the 
future treatment of heart failure. 
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6. CONCLUDING REMARKS 

The ability of cultured skeletal muscle cells to differentiate makes them 
an invaluable tool to study early stages of muscle fiber maturation. 
Proliferating cells that withdraw from the cell cycle, fuse to form 
multinuclear cells that gradually mature, culminating in the development of 
spontaneously contracting, cross-striated myotubes. Thus myogenesis or 
muscle regeneration is recapitulated, enabling in vitro analysis of these 
processes. Most of our current knowledge on how numerous structural 
proteins are assembled into the extremely ordered myofibrils originates from 
studies on muscle cell cultures, and a comparison of gene expression 
patterns in differentiated and non-differentiated muscle cells led to the 
discovery of the myogenic determination factors. These cultures are unlikely 
to reach a level of differentiation equal to the in vivo situation, but the 
identification of hormones and growth factors that stimulate myotube 
differentiation, and the analysis of the effects of extracellular matrix proteins 
on differentiation, enabled the development of optimal culture media and 
substrates. Furthermore, the innervation of human myotubes in nerve-muscle 
co-cultures of human skeletal muscle cells with rodent spinal cord provides a 
further opportunity to increase the maturation grade. As to the clinical use of 
skeletal muscle cell cultures, cultured diseased muscle cells might be used to 
identify defects causing or accompanying the disease, and to search for 
novel therapeutic approaches. Transplantation of normal or genetically- 
engineered myoblasts might be used to compensate for genetic muscle 
defects or myocardial injuries. Equally promising are the attempts to 
transplant genetically-engineered myoblasts for therapy of non-muscle 
diseases, such as diabetes. The steadily increasing number of reports 
describing experiments with cultures of skeletal muscle cells points to a 
general acceptance of the culture system as a model for myodifferentiation 
and as a promising therapeutic tool. 
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1. INTRODUCTION 

Cardiovascular disease remains the leading cause of death in the 
developed world. A plethora of models and techniques have been employed 
in attempts to clarify and modify the pathophysiological processes involved 
in the development of heart diseases such as myocardial hypertrophy, 
ischemia and reperfusion injury, atherosclerosis and their complications. 
Clinical studies have allowed correlation of various predictors with the 
development of cardiovascular disease and outcomes of various treatment 
strategies. Animal models permit greater isolation of physiological variables 
for experimental manipulation, but are still affected by multiple factors 
which may be difficult or impossible to control. Cell culture model systems 
have therefore been employed to isolate observable cellular events from the 
contamination of whole organism responses. Cultured cardiomyocytes have 
become a favored cell type for investigation of cardiac development and 
pathology, as well as facilitating screening of potential interventions. 

1.1 Cardiomyocyte Development and Differentiation 

A brief review of normal human cardiac embryology is necessary for a 
discussion of cardiomyocyte culture, because cardiomyocytes isolated from 
hearts of different ages will differ significantly in structure, growth and 
function.

After the primitive myocardium forms from splanchnic mesenchyme in 
the third week in utero [1], human cardiomyocytes successively undergo
fetal (embryonic), neonatal, young and adult stages in development. Human 
cardiomyocytes proliferate in fetal and early neonatal hearts. The 
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proliferative ability of these cells decreases and cardiomyocyte 
differentiation and hypertrophy occur in the late neonatal, young and adult 
stages [2-5]. 

Fetal cardiomyocytes contain contractile myofilaments. However, these 
fetal myofibrils are more sparse, and not as well organized, as myofibrils in 
adult hearts. These characteristics, however, facilitate cardiomyocyte 
proliferation in fetal hearts, because for hyperplasia or cytokinesis to occur, 
the sarcomeres within these cardiomyocytes must first dissociate and then 
reassemble. Cardiomyocyte hyperplasia continues at birth but declines 
significantly during the early neonatal period [6-8], as cardiomyocyte 
differentiation increases [2]. After cytokinesis halts, cardiomyocytes 
continue to synthesize DNA, increasing their cellular DNA content. The 
uncoupling of karyokinesis from cytokinesis results in the appearance of bi-
and poly-nucleated cardiomyocytes. These multinucleated cells undergo 
progressive hypertrophy. 

Cardiomyocytes in the young and adult myocardium are differentiated, a 
process which has been thought to be irreversible in vivo. These cells lose 
their proliferative capacity, and are unable to reorganize their intracellular 
contractile proteins. Because the total number of cardiomyocytes is 
relatively stable after the early postnatal stage [9], cardiomyocyte 
hypertrophy is essentially the only means of further heart development from 
the late postnatal stage to adulthood. 

The process of cardiomyocyte proliferation and differentiation from 
embryonic to adult stages is complex. Several regulatory genes and proteins 
such as c-myc [10, 11], c-fos [12], myotrophin [13], h-ras [14], fibroblast 
growth factor (FGF) [15], and insulin-like growth factor-I (IGF-I) [16] have
been implicated. The underlying mechanisms by which gene expression is 
controlled, and which ultimately lead to cardiomyocyte hyperplasia, 
differentiation and hypertrophy, are still unknown. 

Several morphological and biological studies have suggested, however, 
that under specific conditions, young and adult cardiomyocytes may retain 
their capacity to proliferate. For example, apoptosis occurs during heart 
development and the remaining cardiomyocytes are able to proliferate to 
replace those that are lost [17, 18]. A limited proliferative capacity has also 
been reported following myocardial infarction or injury [17, 19, 20]. In 
end-stage heart failure, proliferating cell nuclear antigen (PCNA) has been 
noted in a small percentage of cardiomyocytes, along with cell mitosis [19]. 
Hemodynamic overload may stimulate cardiomyocytes to re-express genes 
usually observed only in the embryonic stage and during cell proliferation. 
These studies suggest that adult ventricular cardiomyocytes in vivo are not 
terminally differentiated. Cardiomyocyte hyperplasia in the adult heart may, 
in fact, occur in response to specific pathophysiological conditions. 
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1.2 Cardiomyocyte Cultures 

Cardiomyocytes have been isolated and cultured at various 
developmental stages from the hearts of many different species, including 
human [21, 22], rat [23, 24], chick [25], guinea pig [26], rabbit [27] and 
monkey [28]. Cultured cardiomyocytes isolated at different developmental 
stages have widely varying physiological, biochemical and cell biological 
characteristics. Cardiomyocytes isolated from fetal myocardium proliferate 
in vitro, and their growth curves and rates of DNA synthesis have been well 
documented [22, 27, 29, 30]. These cultured fetal cells retain their in vivo 
ability to disassemble and reassemble their sarcomeres [4]. The freshly 
isolated cardiomyocytes are spherical, containing contractile proteins but no 
sarcomeres [29]. After 24 hours in culture, the cultured fetal cells have 
reassembled sarcomeres, and contract regularly and spontaneously in the 
culture dish. These cardiomyocytes proliferate in a monolayer, and when 
they reach confluence, the cells connect to each other by intercalated disks 
and form structures resembling normal myocardium [4, 21]. The intercellular
junctions permit cell-to-cell communication and synchronous contraction of 
all the cells in that plate [22, 30]. 

Cultured neonatal cardiomyocytes differ from those isolated from fetal 
myocardium. The proportion of cardiomyocytes isolated from neonatal 
hearts that retains spontaneous contractile capability decreases with 
increasing donor age. In most cases, the majority of the cultured cells will 
contain contractile proteins, but only some of the cells will beat. Those that 
do are histologically and morphologically similar to fetal cardiomyocytes, 
and can proliferate and form sarcomeres [31]. The non-beating cells also 
proliferate and synthesize contractile proteins [4]. These cells, however, 
have lost the ability to assemble these contractile proteins into sarcomeres. 
The disruption of normal sarcomere structure that occurs during cell 
isolation, and the inability of the cardiomyocyte to reorganize contractile 
proteins into sarcomeres in vitro, may account for the mechanical quiescence 
of most cultured cardiomyocytes. 

Cardiomyocytes isolated from adult myocardium will have different 
characteristics that are dependent upon the cell isolation procedure. When a 
whole heart or large sample of myocardium is perfused with lytic enzymes, 
the myocardium will be digested, yielding rod-shaped cardiomyocytes. 
These cells can be regarded as a smaller unit of myocardium, consisting of 
multiple cells with intervening connective tissue. Some of these cells may 
possess intact intercellular junctions. The sarcomeres in most of these cells 
will remain well organized and therefore some of the cells will contract 
regularly and spontaneously in culture, while others will contract only when 
stimulated. Since these cells retain most of the characteristics of normal 
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myocardium and have contractile function, they are often used for 
physiological studies. However, the organized sarcomeres prevent most of 
these cells from attaching to a culture dish, and they are therefore unable to 
grow in vitro. In long-term studies, the few cells that demonstrate attachment 
in culture subsequently undergo extensive morphological changes with rapid 
disorganization of the contractile apparatus. 

In contrast, when adult myocardium undergoes complete digestion, some 
cells without organized sarcomeres can be isolated and cultured [21, 32]. 
These cells are spherical rather than rod-shaped. Fragments of sarcomeres 
can occasionally be seen in passage 0, but these cells undergo rapid 
phenotypic changes in primary culture with essentially a complete loss of 
sarcomeres apparent upon ultrastructural analysis. The cells attach readily to 
a culture dish and will then proliferate. In the passaged cells, contractile 
proteins such as myosin heavy chain, myosin light chain and troponin I can 
be identified by immunohistochemistry. The myofibrillar changes noted in 
these passaged, partially differentiated human cardiomyocytes are similar to 
those in unpassaged primary adult rat and monkey cardiomyocytes 
[24, 28,33, 34]. 

In addition to these primary cultures of cardiomyocytes, several cell lines 
have also been established, primarily by the targeted expression of 
transforming oncogenes such as the SV40 large T-antigen oncogene [35]. 
The AT-1 cell line, derived from the myocardium of transgenic mice, 
contains the alpha-cardiac myosin heavy chain promoter driving the SV40 
early region. These cells have some characteristics of myocardium, including 
contractile proteins and sarcomeres. Because AT- 1 cardiomyocytes were 
originally isolated from a transplantable cardiac tumor, these cells can 
proliferate in culture and display spontaneous contractile activity [36]. 
Neoplastic cardiomyocytes have also been developed by inducing expression 
of the v-myc oncogene [37]. Engelman et al. [38] transfected fetal rat 
cardiomyocytes with an oncogene in a retroviral vector in order to establish 
a cell line. These cells contained sarcomeres and contracted spontaneously. 
In addition to these tumor-like cardiomyocyte cell lines, embryonic stem 
cell-derived cardiomyocytes have also been studied. Embryonic stem cells 
can, under some conditions, express cardiac alpha- and beta-myosin heavy 
chain [39], tropomyosin [40], and myosin light chain [41], and take on many 
of the characteristics of cardiac myocytes [42]. They can contract, 
demonstrate withdrawal from the cell cycle, and become multi-nucleated 
when maintained in culture [43]. 
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2. TISSUE PROCUREMENT AND PROCESSING 

2.1 Human Myocardial Tissue 

Although some human cardiomyocyte cell lines can be obtained from cell 
banks, such as the European Collection of Animal Cell Cultures (Salisbury, 
Wiltshire, U.K.), these cell lines have lost some of the characteristics of 
normal cardiomyocytes, and the potential introduction of foreign genes may 
be a concern. Many investigators therefore still prefer to use primary 
cultures obtained from myocardial tissue. However, for particular studies, 
the homogeneity of these banked cell lines may provide an advantage. 

Obtaining fresh samples of human myocardium from which 
cardiomyocytes can be isolated is difficult. Potential sources of myocardium 
include tissue obtained from termination of pregnancy, donor hearts which 
are judged to be unsuitable for transplantation, and tissue removed during 
corrective cardiac surgery. The use of human tissue for research purposes 
poses a number of ethical concerns, particularly when fetal tissue is being 
considered. A careful review and approval of the research protocol from the 
institution’s ethics review committee and adherence to the guidelines of this 
committee are crucial, as is meticulous attention to obtaining fully informed 
consent from the subjects. 

The cells isolated from fetal myocardium or transplant donors can be 
considered to be healthy cardiomyocytes. However, the tissue obtained from 
patients undergoing corrective or palliative cardiac surgical procedures, as is 
more common, may be normal or abnormal, possibly reflecting either 
regional hypertrophy or ischemia, or a global cardiomyopathy or 
myocarditis. The origin of this tissue may therefore significantly affect the 
physiology and metabolism of these cells, and therefore the results obtained 
from cell culture studies. Further, the quantity of myocardium which can be 
obtained is also dependent on tissue origin. Some forethought directed to the 
potential effect of these variables on the outcomes of the studies planned is 
required. In addition, careful documentation of the patient’s age, sex, 
diagnosis and location of the biopsy are crucial, but patient confidentiality 
must be preserved. 

2.2 Cell Isolation 

Cardiomyocytes are isolated from myocardial biopsies by a protease 
digestion technique, employing either perfusion with, or immersion in, a 
solution containing a combination of collagenase, trypsin, elastase and/or 
DNase.
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2.2.1 Obtaining spherical cells from fetal, pediatric and adult 
myocardium

2.1.1.1 Fetal heart cells 
Because fetal myocardium is not well developed and has less

extracellular matrix, enzymatic digestion alone is generally sufficient to 
separate the cardiomyocytes. Following digestion, the isolated cells are
spherical in appearance. Since they do not contain organized sarcomeres,
these cells will attach readily to a culture dish and proliferate in vitro. 

The heart and great vessels are quickly excised and placed in ice-cold 
Hanks’ balanced salt solution (HBSS), without calcium or magnesium
(GIBCO BRL), containing 100 U/mL heparin, prior to transport to a cell
culture room. The residual intracardiac blood is washed out with HBSS and
the aorta is then cannulated. The heart is perfused at 37°C for 15 minutes in
a Langendorff apparatus with Tyrode’s solution (117 mM NaCl, 11 mM
glucose, 4.4 mM NaHCO3, 5.7 mM KCl, 1.5 mM KH2PO4, 1.7 mM MgCl2,
HEPES 20 mM, adjusted to pH 7.4). After the 15 minute period of perfusion
to wash out blood, the heart is then perfused with 1.5 mg/mL collagenase
(type II, Worthington Biochemical Corp.) in calcium-free Tyrode’s solution 
filtered through a 0.8 µm Millipore filter. The enzyme solution is maintained
at 37°C in a water bath, and gassed with 100% O2. The heart is perfused
continuously with the recirculated, filtered enzyme solution for 15-20
minutes, during which the heart becomes noticeably soft and mushy, and is
then removed from the perfusion apparatus. After the atria and great vessels
are removed, the ventricular myocardium is transferred into cell culture
dishes and minced into small pieces with scissors. The tissue fragments are 
then placed into 10 mL of Hanks’ solution containing 1% collagenase and
0.25% trypsin, and agitated in a 37°C water bath for 5-15 minutes. The large
tissue fragments are allowed to settle and the supernatant is then transferred
to another tube, where an equal volume of culture medium is added. The
settled tissue fragments undergo another cycle of digestion with 10 mL of 
collagenase and trypsin for 5 minutes at 37°C with gentle agitation. After
each of 2-4 cycles of digestion, the supernatant is added to previous
supernatant samples, and the remaining tissue fragments undergo repeat
digestion. This pooled cell suspension is then poured through a cell strainer 
(Fisher Scientific) and the filtered suspension centrifuged at 580g for 3 
minutes. The supernatant is removed and the cell pellet is washed and
centrifuged two more times with HBSS to wash out the proteases. The final
cell pellet is re-suspended in Iscove’s modified Dulbecco’s medium (IMDM, 
Canada Life Technologies Inc., Burlington, Ontario) containing 10% fetal
bovine serum (FBS), 0.1 mmoI/L β-mercaptoethanol, 100 U/mL penicillin,
and 100 mg/mL streptomycin. 
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If the heart cannot be cannulated and perfused with the enzyme solution, 
an alternative is the direct digestion of the fetal tissue with collagenase and 
trypsin. With this technique, the myocardium is washed with HBSS and then 
minced with sterile scissors into 1-2 mm fragments. The myocardial 
fragments are digested in 10mL of HBSS containing 1% collagenase and 
0.25% trypsin for 15 minutes in a 37°C water bath with gentle agitation. The 
supernatant is transferred to a tube containing 30 ml of culture medium. 
Another 10 mL of enzyme solution is added to the tissue and the digestion 
repeated for another 10 minutes. The supernatant is again transferred and 
combined, and the digestion of the tissue fragments is repeated. After 3-4
cycles, the combined cell suspension is filtered, centrifuged, washed and re-
suspended in culture medium as described above. 

2.2.1.2
HBSS is removed by aspiration and the biopsies are washed three times 

with phosphate-buffered saline (PBS) (NaC1, 136.9 mM; KCl, 2.7 mM; 
Na2HPO4, 8.1 mM; KH2PO4, 1.5 mM; pH 7.3). The biopsies are transferred 
to a 35 mm culture dish where the white fibrous tissue is removed by careful 
dissection. The remaining myocardium is minced finely in 1 mL PBS prior 
to being transferred with the PBS to a 50 mL tube. The minced tissue is 
allowed to settle for approximately 1 minute. The PBS is then carefully 
removed and the tissue digested for 15 minutes at 37°C in 4 mL of an 
enzyme solution containing 0.2% trypsin and 0.1% collagenase in PBS. The 
supernatant is transferred to a tube containing 30 mL of culture medium. 
Another 2 cycles of enzymatic digestion are carried out, and the combined 
supernatant is centrifuged for 5 minutes at 580 g. After discarding the 
supernatant, the cell pellet is resuspended in 10 mL of culture medium [32]. 

2.2.2 Obtaining rod-shaped cells from adult myocardium 

Pediatric and adult heart cells 

Human atrial or ventricular myocardium can be obtained from patients 
undergoing coronary bypass surgery, valve repair or replacement, closure of 
interatrial or interventricular septal defects or from explanted recipient hearts 
or donor hearts which are not suitable for transplantation. Protocol review, 
approval and informed consent are obtained as described above, prior to 
obtaining these tissues. 

After the tissue is removed from the heart, it is immersed in ice-cold
HBSS or cardioplegic solution. Because these tissue samples are 
obtained in the operating room, cardioplegic solution is generally 
recommended because it is accepted by both the surgeon and the scrub 
nurse. The biopsies are then transported to the cell culture facility. 
Attention to maintaining the sterility of the biopsies is mandatory, with 
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further steps in the cell isolation process carried out in a laminar flow 
hood. The tissue is washed with HBSS in the culture dish to remove 
remnants of blood and the cardioplegic solution. 

When a large piece of myocardium is obtained, a careful search for 
macroscopically visible blood vessels is performed. If a large blood vessel is 
found, it may be possible to cannulate this vessel and perfuse the sample 
with a protease solution. The specimen is first perfused with 20 mL of HBSS 
to remove any residual blood, followed by 20 mL of HBSS containing 1% 
collagenase and 0.25% trypsin. Perfusion with protease solution is repeated 
until the tissue changes color from red to yellow, after which the specimen is 
incubated at 37°C for 30 minutes. After incubation, the tissue becomes 
mushy and can be minced finely with scissors. The minced tissue fragments 
are again incubated in the protease solution for 5-10 minutes with gentle 
shaking. The digested tissue is filtered and the isolated cells are washed and 
cultured as described in the fetal cell isolation section. 

If there is no large blood vessel in the myocardial tissue, the enzyme 
solution can be injected into the specimen prior to incubation and cell 
isolation as described above. Alternatively, the tissue can be minced finely 
without injection of the protease solution, then washed with HBSS 3 times 
for 4 minutes each time. This process will remove blood and extracellular 
calcium. The tissue is then incubated with collagenase and trypsin solution 
for 15 minutes at 37°C. The cells are isolated by gentle repeated pipetting of 
the tissue. After transferring the supernatant to a tube containing 30 mL of 
culture medium, fresh enzyme solution is added to the remaining tissue and 
repeated cycles of digestion are carried out as described above until the yield 
is maximal. The cell suspension is then centrifuged and the pellet is re- 
suspended and used for culture. 

3. ASSAY TECHNIQUES 

3.1 Morphology 

Cardiomyocytes, endothelial cells and fibroblasts comprise more than 
95% of normal myocardium. Because these cells have substantially different 
morphologies in cell culture, cellular morphology can be used as an aid in 
the identification of cardiomyocytes. Identification is a simple procedure that 
does not require fixation of, or injury to, the cells. However, variability in 
morphological appearance limits the accuracy of this technique. Combining 
morphological identification with immunohistochemical staining for proteins 
specific to each cell type permits greatly increased accuracy. 

Cardiomyocytes isolated from fetal myocardium are spherical (Figure 
la). After these cells attach to a culture dish and begin to proliferate, they 
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take on a rectangular appearance (Figure lb). They begin to beat 
rhythmically and spontaneously in cell culture. Myotubes are formed when 
the fetal cardiomyocytes become confluent (Figure 1c). The cells form links 
and take on an appearance reminiscent of normal myocardium. Some cells 
will not beat, but still contain substantial quantities of contractile proteins in 
their cytoplasm. They remain morphologically distinct from vascular 
endothelial cells and myocardial fibroblasts. 

Complete digestion of pediatric and adult myocardium yields cells 
similar to those isolated from fetal tissue. The freshly isolated cells are 
round, but become rectangular once in culture (Figure 2a). They differ 
morphologically from endothelial cells, which are smaller and oval (Figure 
2b), and fibroblasts, which are spindle shaped (Figure 2c). The three cell 
types are readily distinguished under a light microscope [21]. 

In contrast, cardiomyocytes isolated from adult myocardium using a 
vascular perfusion technique are initially rod-shaped (Figure 3), but remain 
morphologically distinct from the other cell types. 

3.2 Growth Characteris tics 

The growth characteristics of cardiomyocytes differ from those of 
endothelial cells and fibroblasts. Fetal cardiomyocytes proliferate in culture 
and maintain many of the properties of cardiomyocytes in vivo, but they can 
be rapidly overgrown in a mixed culture by myocardial fibroblasts. 
Cardiomyocytes isolated from pediatric and adult myocardium proliferate 
more slowly than fetal cells, and are therefore even more susceptible to 
overgrowth by fibroblast contaminants. Purification of each desired cell type 
is therefore required in order to prevent overgrowth by rapidly proliferating 
cell types. 

Rod-shaped cardiomyocytes are actually aggregates of cells with 
organized sarcomeres and extracellular matrix. These properties limit 
cellular adhesion to the culture dish and inhibit proliferation in vitro. With
time, these cells demonstrate alterations in intracellular and intercellular 
organization, including fragmentation of the contractile apparatus and a 
progressive decrease in contractile myofibrils [33, 34]. The gradual loss of 
sarcomere integrity facilitates cellular attachment to the culture dish, but 
the growth pattern still differs from that of initially spherical 
cardiomyocytes.
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Figure 1. Freshly isolated fetal cardiomyocytes. (a) The spherical cells float in the culture 
medium. (b) The cultured cells are rectangular. (c) When the culture becomes confluent, the 
cells will link and form a tissue-like pattern (100X). 
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Figure 2. Light microscopic appearance of cultured human adult cardiomyocytes (a, 200X), 
vascular endothelial cells (b, 40X), and fibroblasts (c, 40X). 
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Figure 3. Light microscopic appearance of freshly isolated human rod-shaped cardiomyocytes 
(40X).
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3.3 Myocardial Contractile Proteins 

In addition to cellular contractility, the evaluation of myocardial 
contractile protein content within the cultured cells is a critical confirmatory 
step in cell identification. This can be accomplished by either Western blot 
analysis or immunohistochemical staining. Western blot analysis permits 
quantification of the levels of contractile protein in cultured cells, and 
therefore allows comparison between different time points, different cultures 
or different cell types. However, this technique yields only total protein 
levels in a group of cells, and does not allow quantification of the percentage 
of cardiomyocytes and non-myocytes in the culture. 

In order to evaluate the percentage of cells in a particular culture that 
contain myocardial contractile proteins, immunohistochemical staining using 
antibodies against cardiomyocyte-specific proteins must be employed. 
Antibodies against the cardiac-specific troponin I isoform, human ventricular 
myosin heavy chain (HVMHC) and human ventricular myosin light chain 
(HVMLC) are commercially available. The cultured cells are fixed with cold 
100% methanol at –20°C for 15 minutes, washed three times with PBS and 
dried, and then exposed to antibodies against cardiac-specific proteins such 
as CK-MB, myoglobin, troponin I, HVMHC or HVMLC for 45 minutes at 
37°C. Control cells are incubated with PBS alone under the same conditions. 
The cells are washed three times with PBS for 15 minutes at room 
temperature with gentle shaking. The secondary antibody, conjugated with 
fluorescein isothiocyanate, is then added, and the cells are incubated with the 
second antibody under dark, humid conditions for 45 minutes at 37°C. After 
washing with PBS, the cells in the test and control groups will be visualized 
under an excitation light source using an epifluorescence microscope with a 
blue filter. The intensity at which each cell is stained yields a semi- 
quantitative estimate of the concentration of that contractile protein. This 
approach has been employed to evaluate cellular de-differentiation in 
culture.

3.4 Cardiac Protein Gene Expression 

Characterization of cardiac-specific gene expression permits 
confirmation of Western blotting or immunohistochemical staining 
evaluation of protein levels, as well as allowing evaluation of cellular 
differentiation and time-dependent de-differentiation in culture. Specific 
gene expression can be quantified by Northern blot analysis. As the level of 
contractile proteins within the cultured cells decreases with time, RT-PCR
may be employed in order to permit amplification of increasingly weak 
signals. Both of these techniques yield an aggregate estimate of gene 
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expression in a population of cells in culture, similar to Western blot analysis 
of protein levels. Neither technique allows identification of specific cells, or 
even of the percentage of cells that are expressing a particular gene. In order 
to do this, in situ hybridization using a radiolabelled probe against a specific 
contractile protein mRNA must be employed. 

3.5 Cellular Ultrastructure 

Electron microscopy can identify cardiomyocytes by revealing the 
intracellular contractile apparatus. The progressive changes in intracellular 
structure, particularly in myotubules, can be monitored, and these data, 
combined with techniques evaluating cardiac-specific gene expression, 
permit characterization of the time course of cellular de-differentiation in
vitro. The most significant limitation of this technique is the ability to study 
only a relatively small number of cells. 

3.6 Biochemical Identification 

Biochemical markers of myocardial tissue, including creatine kinase 
mass and activity, CK-MB subunit mass and activity, and myoglobin levels 
can be used for identification of cultured cells, as well as the evaluation of 
cell de-differentiation. 

4. CULTURE TECHNIQUES 

4.1 Cell Purification 

A crucial step in the process of culturing cardiomyocytes is cell 
purification. Cells freshly isolated from myocardium include a mixture of 
cardiomyocytes, vascular endothelial cells, smooth muscle cells and 
myocardial fibroblasts. If the cardiomyocytes are not purified, fibroblasts 
will rapidly overgrow the cultures and become the dominant cell type. 
Purification is best carried out in the initial stages of cell culture and can be 
accomplished by pre-plating, dilutional cloning, chemical selection, or a 
combination of these techniques. 

The pre-plating technique is useful for reducing contamination by 
fibroblasts, taking advantage of the fact that cardiomyocytes require more 
time to attach to a culture dish than do other cell types. The freshly isolated 
cells are plated on culture dishes and cultured for 2 hours in a humidified 5% 
CO2 incubator at 37°C. The supernatant containing the suspended cells is 
then transferred into another dish for further culturing. Because many of the 
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fibroblasts have attached to the initial plate and are therefore not transferred 
with the supernatant, this second culture will be relatively depleted in 
fibroblasts. The continuing cultures are maintained at 37°C in humidified 5% 
CO2.

Another technique by which cardiomyocytes can be purified is dilutional 
cloning. With this technique, the isolated cells are seeded at a density of 50-
100 cells per 100 mm diameter dish and cultured at 37°C in 5% CO2. When 
the cells are initially seeded at low density, the isolated cells form individual 
colonies after approximately 1-2 weeks in culture. At this time, colonies of 
cardiomyocytes (identified morphologically by light microscopy) can be 
picked up with a sterile Pasteur pipette and transferred to new culture dishes. 
If any fibroblasts are adjacent to a cardiomyocyte colony of interest, the 
fibroblasts are injured with a sterile needle under microscopic guidance and 
subsequently undergo necrosis. A potential disadvantage of this clonal 
dilution technique, however, is that it selects the fastest growing 
cardiomyocytes. If these cells have somehow upregulated their growth 
kinetics, they may not be representative of the general population of 
cardiomyocytes.

It is also possible to inhibit the growth of fibroblasts in culture by 
chemical means. Eppenberger-Eberhardt et al. have reported that the 
addition of cytosine arabinoside can inhibit fibroblast proliferation in culture 
[44]. However, because the actions of cytosine arabinoside may not be 
specific only to fibroblasts, potential effects on other cell types must be 
considered.

4.2 Cell Culture 

In cell culture systems, rod-shaped cardiomyocytes isolated from adult 
myocardium do not divide, and they undergo extensive morphological 
changes [24, 33, 34, 45]. During the first 1 to 3 days in culture, 80-90% of 
the cardiomyocytes become rounded and lose their cylindrical rod-like 
shape. Disorganization of myofibrils takes place at this stage of culture. 
These cells demonstrate resorption of Z-lines and rapid disorganization of 
the contractile apparatus. 

In contrast, fetal cardiomyocytes can grow in the early stages of culture 
[23]. During this process, the cells disassemble and reorganize their 
myofibrils. Cultures of beating cardiomyocytes can be obtained. With time, 
these fetal cardiomyocytes undergo differentiation, and after a few 
generations, lose their ability to reorganize their myofibrils. At this stage, 
many of these cultured cells will no longer contract spontaneously. 
However, even the non-contracting cells still contain cardiac-specific
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contractile proteins and retain many of the characteristics of normal 
cardiomyocytes in vivo. 

Spherical cardiomyocytes isolated from pediatric and adult myocardium 
are differentiated and can grow in vitro. Although these cells do not 
demonstrate spontaneous contractile activity in vitro, they possess many of 
the characteristics of normal cardiomyocytes in vivo. The properties include 
immunohistochemical staining, Northern blot analysis of cardiomyocyte-
specific contractile proteins and biochemical assays of creatine kinase MB 
fraction activity and mass [21, 32]. These cultured cells do, however, 
undergo phenotypic modulation compared to their in vivo counterparts. In 
addition to the morphological changes, which include the formation of 
pseudopods and development of a stellate appearance, the intracellular 
contractile apparatus becomes progressively more disorganized and the 
myofibrils appear less distinct. The intracellular content of contractile 
proteins also decreases with increasing time in culture. The intensity of the 
immunofluorescent staining for contractile proteins, such as myosin heavy 
chain or myosin light chain, in three month old cells is significantly less than 
that in freshly isolated cells, and even weaker in six month old cells [21]. 

In any cardiomyocyte culture, the culture medium is essential for 
maintenance of cell morphology, growth characteristics and phenotypic 
modulation. For example, the concentration of serum in the culture medium 
determines the phenotype of the cultured cardiomyocytes. Cardiomyocytes 
are normally cultured in medium containing 10% FBS [46]. In this medium, 
fetal cardiomyocytes demonstrate little, if any, proliferation, and left 
unchecked myocardial fibroblasts may eventually overgrow this culture. Nag 
and Cheng [33] reported mitosis and cell division in adult rat 
cardiomyocytes during the first week of culture employing a culture medium 
consisting of 90% minimum essential medium and 10% horse serum, which 
is similar to that used by other investigators [24, 47]. The more mitogenic 
culture medium stimulates proliferation of the cardiomyocytes but not 
differentiation, and results in modulation of the normal cardiomyocyte 
phenotype. When fetal cardiomyocytes are cultured in a mitogen-rich 
medium containing 20% FBS, 1% chick embryo extract, 50ng/ml FGF and 
25ng/ml multiplication-stimulating activity factor, the cardiomyocytes 
proliferate in culture and can undergo 30 passages or more [46]. These cells 
will quickly lose their contractile apparatus. However, when cardiomyocytes 
are cultured in lower serum concentrations (e.g. 0-5% FBS), the cell number 
shows no or only a small increase, but the cells maintain their phenotype and 
contractile properties. For example, when fetal cardiomyocytes are cultured 
in a mitogen-poor medium (4% horse serum), the cells cease mitosis and 
undergo differentiation [46]. 
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In addition to the concentration of serum, the medium itself may also be a 
crucial factor. We have tested Dulbecco’ s-modified Eagle’s medium 
(DMEM), medium 199, minimum essential medium, alpha-medium, and 
IMDM, all with 10% FBS. We found the greatest preservation of cultured 
cardiomyocyte morphology over time with IMDM. With the other media, 
cultured cardiomyocytes underwent marked phenotypic changes and became 
stellate or spider-shaped after several days in culture. Although the particular 
characteristics of IMDM that are responsible for its optimal preservation of 
cardiomyocyte morphology remain to be clarified, it is possible that 
particular components, such as the concentration of calcium or of particular 
vitamins, may be important. 

5. APPLICATIONS OF A CARDIOMYOCYTE 
CULTURE SYSTEM 

5.1 Cardiac Development

Studies of cardiomyocyte differentiation are an important step in 
understanding the development of the normal heart. A number of in vivo 
studies have identified specific morphological, biochemical and 
immunohistochemical changes in cardiomyocytes during heart development 
[25, 48, 49]. The regulation of gene expression in cardiac cells plays a 
fundamental role in heart development. It has not yet been possible to devise 
a model to evaluate gene expression in cardiomyocytes in vivo. Human
cardiomyocyte cultures are therefore an excellent model with which to study 
development of the normal heart. These cell culture models allow for cell 
proliferation and differentiation. Cultured cells at different stages can be 
used to study changes in fetal gene expression [22, 50]. Using these models, 
expression of a number of fetal genes has been correlated with cell 
maturation and differentiation. In an analogous manner, the structural and 
biochemical changes occurring in cardiomyocytes during cell differentiation 
can also be studied in these cultured cells. 

5.2 Cardiac Physiology 

Since fetal and adult cardiomyocytes can contract in culture, 
physiological studies can be performed on single cells. Patch clamping can 
be used to record ion channel activity. Cell surface receptor expression, 
translocation and activity can be studied. The effect of transmembrane 
channel activators and blockers on cell physiology and metabolism can be 
evaluated. Multicellular cardiomyocyte preparations can also be used to 
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study the effect of stretch on ion channels [51]. This simple in vitro model
led to the discovery of stretch-activated channels in the heart. These findings 
may explain the occurrence of length-dependent changes in pacemaker 
activity and stretch-activated arrhythmias in the whole heart. 

Cardiomyocyte cultures also provide a simple model with which to study 
cell-to-cell interaction. Eid et al. [52] demonstrated that adult 
cardiomyocytes undergo phenotypic changes during adaptation to primary 
culture. However, co-culture of cardiomyocytes with specific non-muscle 
cardiac cells slowed and could even reverse this process of adaptation. 

5.3 Cardiac Pathology and Cellular Defenses 

Isolated cardiomyocytes can be used to evaluate the effect of various 
pathological stimuli on the myocardium. For example, rod-shaped 
cardiomyocytes were isolated from the myocardium of patients with a 
variety of cardiac pathologies [53-55]. A whole-cell patch-clamp technique 
was used to measure the hyperpolarization-activated inward current, sodium 
current and outward potassium current, providing important information 
about the effects of specific cardiac diseases on transmembrane ion channels. 

Cultured cardiomyocytes have also been employed to study the effect of 
various hypertrophic stimuli. In a cardiomyocyte culture system, individual 
stimuli including growth factors, hormones, cytokines, vasoactive substances 
and catecholamines can be administered individually without concern for the 
contaminating effects of whole organ or whole organism physiology. The 
intracellular effects of these stimuli, including alpha-skeletal and smooth 
muscle actin changes, and atrial natriuretic factor, can be evaluated. From 
these data, potential mechanisms by which myocardial hypertrophy occurs 
can be hypothesized and specific therapeutic interventions proposed. For 
example, Simpson has demonstrated, using this cell culture system, that 
adrenergic receptor stimulation induces cardiomyocyte hypertrophy [56]. 

Cardiomyocyte culture has been employed as a model to select factors 
which act at a cellular level to protect heart cells from injury. Using cultured 
human cardiomyocytes, Bowes et al. [57] demonstrated that inhibition of poly- 
ADP-ribose synthetase activity reduced the cell death caused by H2O2. To 
protect the myocardium from free radical injury, we tested various 
antioxidants and demonstrated a cell-type specific protective effect of various 
antioxidants, as well as a syngergistic effect of these antioxidants [58]. These 
in vitro findings were subsequently confirmed in an in vivo study [59]. Insulin 
was also identified as a important factor by which myocardial metabolism may 
be favorably altered during ischemia and reperfusion, leading to a clinical trial 
of insulin cardioplegia to improve post-operative ventricular function in 
patients undergoing urgent coronary artery bypass surgery [60]. 
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6. CONCLUSIONS 

Human heart cells can be isolated, purified and cultured. Depending on 
donor age, the isolated heart cells may vary in structure and function. 
Although the cells undergo phenotypic modulation in culture, they have 
many characteristics of normal cardiomyocytes in vivo. These cells can 
therefore be used as an in vitro model for cardiovascular research. The 
selection of fetal or adult cells is dependent on the aims of the specific study. 

Cells isolated from fetal, pediatric and adult myocardium may be 
spherical. These spherical cells attach to a culture dish and grow in vitro. 
Fetal cells can contract in culture. This model can be used to study the 
development and function of the immature heart. Primary cultures of 
pediatric and adult cardiomyocytes are de-differentiated, but retain many 
characteristics of normal cardiomyocytes including contractile protein 
content and enzyme activity. These cells proliferate in vitro, but with time, 
the levels of contractile proteins and cardiac enzymes gradually fall. 

Rod-shaped cardiomyocytes can be obtained by partial digestion of 
human adult myocardium. These cells are groups of cardiomyocytes linked 
by cardiac junctions and extracellular matrix. They contain organized 
sarcomeres and retain many characteristics of adult myocardial tissue. They 
can be regarded as miniature samples of myocardium, and can be used to 
evaluate physiological and pathological changes under defined conditions. 
These cells, however, cannot attach to a culture dish and grow in vitro, and
are therefore unsuitable for long-term studies or studies requiring a large 
population of cells. 
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1. INTRODUCTION 

This chapter deals with the culture and properties of fibroblasts. These 
cells form connective tissue and are widely distributed throughout 
vertebrates. Morphologically, fibroblasts in culture are rather uniform, 
broadly amoeboid, motile cells, although biochemically individual cells may 
differ. For the purpose of this chapter, human dermal fibroblasts will be 
taken as the central paradigm, fibroblasts from other vertebrate species and 
other tissues being treated by comparison. Fibroblast culture methods 
employ a range of techniques that are widely used in the culture of many cell 
types. Many of these are excellently described in a practical way by 
Freshney [ 13, and reference will be made to his book for detailed protocols. 
Discussion in this chapter will concentrate on the properties of fibroblasts 
and the practical implications of these properties for fibroblast culture. 

1.1 Brief history of fibroblast culture 

Fibroblasts are among the easiest cells to culture from vertebrates and 
have, therefore, been widely used in many tissue culture studies. The earliest 
cultures were established in the early decades of the 20th century [2], so there 
has now been close to 100 years experience with this cell type. Many of the 
earliest tissue culture techniques were based on growing cells in blood clots. 
In retrospect, a major reason for success with fibroblast culture is that they 
play a major role in wound healing, and respond to growth factors released 
during blood clotting as part of their normal physiological function. They 
are, thus, particularly adapted to culture in this type of system and the 
majority of subsequent tissue culture systems are serum-based for this 
reason. Fibroblasts are comparatively rugged [3], and can be routinely 
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cultured from essentially any organ as the most reliably available source of 
primary cells. In studies of mutational changes, they have advantages over 
lymphocytes, in that their genome undergoes no rearrangements and, indeed, 
they have been used to clone animals [4, 5]. As a convenient source of 
adherent, primary cells, they have been used for many purposes including 
cell physiology, cell cycle analysis, differentiation and senescence, 
carcinogenesis, oncogene identification, transfection studies and production 
of recombinant proteins. 

Most work has been accomplished using fibroblast lines derived from 
rodents, which have very different properties from human fibroblasts. 
Rodent cells easily undergo changes that give rise to immortal cell lines that 
can be conveniently propagated without displaying the senescent phenotype 
characteristically shown by human cells after subculture. These lines 
frequently also display anchorage-independent growth, and morphological 
changes and tumor formation when injected in vivo, characteristics that are 
loosely described as the “transformed” phenotype. An important series of 
murine cell lines were developed by Todaro and Green [6] by sub-culturing
primary murine embryonic cells under defined conditions of plating density 
and frequency of sub-culturing. They are designated by names of the form 
xTy (e.g. 3T3) where “x” is the number of days between subculturing and 
“y” is the inoculum per 5 cm Petri dish, in units of 105 cells. As these 
cultures progressed through the first 12 – 18 passages, their growth rate 
declined. It then increased and the resulting cultures, which showed small 
changes in morphology, adhesion and the ability to grow from low inoculum 
densities, were immortal. While these cells are frequently described as 
fibroblasts, they were isolated from entire embryos and their provenance is 
uncertain. They are, therefore, better termed 3T3 cells rather than 3T3 
fibroblasts. Recent work has shown lines derived in this way to be clonal [7]. 
Discussion of the techniques used with transformed rodent cell lines would 
cover a large part of the whole field of tissue culture. This chapter will 
concentrate, therefore, on properties and techniques that apply to human, 
primary fibroblast strains. 

1.2 Ease and scope of fibroblast culture 

Fibroblasts can be obtained from virtually any tissue, as they are engaged 
in providing the collagen that allows organs to maintain structural integrity. 
Since they display a migratory phenotype, they are easily extracted from 
tissue and frequently contaminate preparations of other cell types. Since 
much of medium development was performed with cells related to 
fibroblasts, culture conditions are well optimized for their growth, and they 
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will frequently take over cultures of other cell types unless precautions, such 
as selective media, are employed. 

Fibroblasts that are derived from different tissues appear very similar. 
They are amoeboid and migratory and take up a spindle-shaped morphology. 
At some level, however, this similarity is illusory. Fibroblasts that generate a 
ligament or tendon lay down, under in vivo conditions, an extracellular 
matrix that differs greatly from that produced by fibroblasts from the skin, 
the liver or the vitreous humor of the eye. Thus, cells that appear 
morphologically very similar may possess substantially different 
biochemical properties, show wide divergence in gene expression, and 
generate diverse extracellular matrix structures. Differences between 
cultures of this kind have not been extensively explored, but work that has 
been performed supports this conclusion [8]. In this regard, it should be 
noted that the predominant fibroblast type isolated from the skin is thought 
to be derived from the papillary rather than the reticular dermis, and 
produces, in three-dimensional culture, fine collagen fibers as found in the 
more superficial layers of the dermis. 

2. FIBROBLAST ISOLATION

Fibroblasts are typically isolated from normal tissue samples by one of 
two methods. The first method depends on the migratory properties of 
fibroblasts, and the second involves enzymatic digestion. Cultures 
immediately after isolation from tissue and before the first sub-culturing are 
termed “primary” cultures. After sub-culturing, they are termed passage 1, 
and are thereafter described by the number of sub-culturing procedures they 
have undergone. 

If a piece of tissue is placed on a tissue culture plastic dish with a small 
amount of medium and incubated overnight, it will adhere. The amount of 
medium may then be increased over the next 3-5 days. During this time, 
cells migrate out of the tissue. The earliest cells to appear are tissue 
macrophages, which migrate away but proliferate little and do not contribute 
to the final culture. They are also lost upon sub-culturing with trypsin. The 
macrophages are followed by fibroblasts, which adhere, migrate and 
proliferate under these conditions. After 1 – 2 weeks, the tissue fragments 
may be removed and the adherent cells sub-cultured using trypsin as 
described below. 

As an alternative technique, a larger yield may be obtained by 
disaggregating the tissue with collagenase. In this case, connective tissue, 
such as dermis, is incubated with collagenase at a concentration of about 200 
U/mL at 36.5°C for up to 48 hours in growth medium. The procedure is 
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comparatively gentle to the cells, and a crude grade of collagenase is quite 
satisfactory, indeed generally preferred. It is possible that proteases other 
than the collagenase itself may be involved in releasing the cells. The 
digested tissue may be mechanically disrupted and the cells removed by 
gentle agitation. The cells may then be collected by centrifugation and re- 
plated in growth medium. In addition to giving a higher yield of cells than 
the explant procedure, collagenase digestion probably provides a more 
representative sample. This is of particular importance in situations where 
the activity of the fibroblasts may be compromised, such as in ulcers. 
Trypsin has been found less valuable, as it is more likely to damage the cells 
on prolonged incubation and does not degrade the major connective tissue 
protein, collagen. 

2.1 Fibroblast populations and tissue types 

Fibroblast cultures are generally considered a single population, and in 
some respects, such as proliferation in monolayer culture, may be treated in 
this way. However, cloning experiments have shown that fibroblast cultures 
are heterogeneous in gene expression [9-11]. Thus, a fibroblast culture is 
better considered as a community of different cell types. A potential 
consequence of this observation is that clones with differing proliferation 
rates might be expected to take over the culture, possibly as a succession of 
phenotypes, as described by Bayreuther [12]. However, experiments mixing
clones has suggested that the cells are capable of interacting and may 
maintain an equilibrium composition [13].

3. CULTURE 

3.1 Monolayer culture 

Fibroblasts are the prototypical adherent cell, forming cultures that
proliferate, form a confluent monolayer of spindle-shaped cells that 
frequently form characteristic swirling patterns, and then become quiescent 
(Figure 1). While the formation of multi-layered cultures is generally 
considered a transformation characteristic, non-transformed human 
fibroblasts will sometimes grow over one another, particularly in the 
presence of ascorbate [14] or ascorbate-2-phosphate [15], in the absence or
presence of transforming growth factor-β (TGF-β) [16]. The formation of a 
multi-layered structure under these conditions probably depends on the 
deposition of extracellular matrix, a differentiated property of fibroblasts, 
and formation of this kind of multi-layered structure should not be regarded 
as indicating transformation. 
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3.1.1. Methods 

3.1.1.1 Medium 
With the long history of fibroblast culture, media have been well 

optimized, and Dulbecco’s modification of Eagle’s medium (DMEM) is the 
standard basal medium which may be purchased from commercial suppliers. 
It is routinely supplemented with 10% serum, non-essential amino acids, 2 
mM L-glutamine and sometimes other ingredients, usually supplied as
concentrated solutions, frequently at 100 or 1000 times the final 
concentration. DMEM is commercially available with either high (4.5 g/L) 
or low (1 g/L) glucose. Fibroblasts are frequently grown using the high 
concentration, on the grounds that glucose is a nutrient that is depleted by 
the cells, and that the higher concentration allows longer intervals between 
re-feeding. The final concentration in medium, however, approaches that 
found in a poorly controlled diabetic patient, raising the possibility of non-
enzymatic protein glycation. Furthermore, fibroblast growth in vitro is
inhibited by glucose at this high concentration [17]. As in other cases, a 
compromise must be struck between convenience and optimal conditions. In 
our experience, supplementation with pyruvate provides little benefit. 

Most media used for fibroblast culture are supplemented with serum, 
activating a characteristic range of genes [18], many of which are involved 
in proliferation. As discussed above, fibroblasts are particularly activated by 
the products of blood clotting, probably as a physiological response to 
wounding. In this author’s experience, little benefit is to be obtained in the 
case of fibroblasts, however, by the use of fetal serum, and calf serum is 
generally quite satisfactory. There is considerable effort being applied to the 
development of defined and even protein-free media for fibroblasts. Such 
media are valuable for the isolation of soluble cell products, for providing 
defined culture conditions, and, in the case of fibroblast-based therapeutics, 
reducing the risk of disease transmission. While important, this has not 
proved easy, and several of the systems remain tricky to use and are not 
robust. When embarking on this route, it is necessary to check that a medium 
will work in the particular culture system proposed, as a medium that may 
grow monolayer fibroblasts well may not be suitable, for instance, for 
extracellular matrix deposition. 
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Figure 1. Fibroblasts in culture. Top: sub-confluent culture at 5th passage (about 22 
population doublings from isolation) in which the cells are amoeboid and migratory. Middle: 
(B) confluent culture at 5th passage showing characteristic swirling pattern. Bottom: culture at 
12th passage (about 53 population doublings) showing senescent phenotype. Original 
magnification, 120 X. 
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The best tissue culture practice dispenses with the addition of antibiotics. 
The most general reason for this is that antibiotics may mask a 
contamination event that may not be obvious to microscopic or visual 
inspection, but may cause serious biochemical disturbances, rendering the 
cultures unsuitable for therapeutic or scientific use. One example is 
mycoplasma. Whether antibiotics are used or not, cultures should be 
routinely tested for heavy mycoplasma contamination using Hoechst 33258 
staining [19] or by ribosomal RNA hybridization using one of several 
commercial kits ( e.g. Gen Probe, San Diego, CA). Nested PCR kits or the 
use of a marker cell line can provide much more sensitive methods for 
detecting low level contamination. 

3.1.1.2 Sub-culture
The sub-culture of fibroblasts is routinely performed using 0.05% trypsin 

(1 :250), 0.53 mM EDTA in phosphate buffered saline (PBS), diluted from a 
10X stock [20]. The designation 1:250 refers to a USP specification for 
trypsin activity. Medium is aspirated from the cultures, which are then rinsed 
with a solution such as PBS or Hank’s balanced salt solution (HBSS) to 
remove residual serum, which contains proteins that compete with adhesion 
targets for tryptic activity in addition to trypsin inhibitors. The cultures are 
incubated with trypsin for about 5 - 10 minutes, until cells can be visibly 
seen free of the plastic surface, either using a microscope or by naked eye. 
Although there is little clear evidence, it is generally considered wise to 
minimize exposure of the cells to trypsin for fear of damaging cell surface 
receptors or the cells themselves. Some procedures have utilized digestion 
with trypsin on ice. The intent is to promote thorough penetration of the 
culture by trypsin under low temperature conditions where the enzyme is 
comparatively inactive, and then activate it for a short time by raising the 
temperature. The method has value in some cases for disaggregating thick 
tissue specimens, and it increases the consistency of trypsinization through 
the culture, although the benefit for routine sub-culturing is probably not 
worth the effort. The most important tryptic cleavage causing cell release is 
in fibronectin rather than in its cell receptor, the α5β1 integrin. Fibroblasts 
are particularly easily removed from a tissue culture plastic surface, and 
procedures have been developed to remove fibroblasts contaminating 
epithelial cell cultures using EDTA alone. 

As soon as the cells are released, the trypsin is quenched with trypsin 
inhibitor or serum. Various procedures employing serum have been used in 
different laboratories. The minimum is addition of an equal volume of 
medium containing 10% serum, but many practitioners prefer a larger 
amount of serum, such as 1/9 or 1/4 volume undiluted serum, or a 5–10 fold 
excess of 10% serum-containing medium. The cells are collected by 
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centrifugation for 10 minutes at about 100 g and the cell pellet is then 
resuspended in growth medium by drawing into a wide bore pipette several 
times until all clumps have dispersed. It should not be necessary to use vigor 
and foaming should be strictly avoided. 

Minimization of cell lysis at this stage is very important. Lysed cells 
release DNA, to which other cells will adhere, forming clumps that interfere 
with estimation of cell concentrations, and even cell seeding, potentially 
leading to complete loss of the cells. If the suspension has to be maintained 
for a protracted period before use, it should be kept cold and stirred 
sufficiently to keep the cells in suspension. Addition of 5 mM EDTA at pH 
7.4 helps to minimize clumping. 

For routine monolayer culture, fibroblasts are seeded at a density of about 
5,000 cells per cm2 into flasks or Petri dishes treated for tissue culture. The 
plates are incubated in a humidified incubator with an atmosphere 
supplemented with CO2, which comprises a critical component of the 
bicarbonate buffer system. Although DMEM is formulated for a 10% CO2

atmosphere, 5% CO2 is frequently used. This presumably increases the pH of 
the medium by about 0.3 pH units, but appears to have little effect on culture 
performance.

3.1.1.3 Feeding 
Monolayer fibroblast cultures should be fed at least every 4 days, more 

frequently if low-glucose DMEM is used. Spent medium is aspirated from 
the cultures and replaced with a suitable volume of fresh medium. Neglect of 
regular feeding can lead to severe loss of cells and substantial consequences 
in terms of senescence (see below). 

3.1.2 Characteristics of Monolayer Cultures

3.1.2.1 Cloning and plating efficiency 
Because of their low plating efficiency, it has been generally considered 

comparatively difficult to clone fibroblasts. Moreover, cloned primary 
human fibroblasts, possessing a limited lifespan, are of limited value. 
Isolation from tissue and cloning may take 30 doublings, leaving little 
remaining expansion potential. This limitation can be avoided using cultures 
immortalized though transfection with telomerase. However, cloning has 
been successfully accomplished by limiting dilution, which has provided 
insight into the population of cells in a fibroblast culture. 

The earliest cloning of a fibroblast was accomplished by Earle [21] using 
glass capillary tubes. These studies demonstrated the importance of small 
medium volumes for growing single cells and the application of conditioned 
medium, techniques that remain important tools in successful cloning. 
Today, however, small culture containers can be most conveniently obtained 
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by using 96-well, 384-well or Terasaki plates. Using systems of this kind, 
fibroblasts are diluted to a concentration of about 100 cells/mL and 10 µL 
aliquots, containing on average 1 cell/sample, are dispensed into small wells. 
On average, about 37% of the wells will receive a single cell. The wells 
should be monitored individually to check on the presence of a single cell 
and then incubated in a well-humidified incubator. As the clones grow, the 
volume of medium can be increased and the cells eventually transferred to 
larger containers. To be sure that the clones are derived from a single cell, it 
is advisable to re-clone the cells. At early stages in fibroblast cloning, 
feeding with supplemented DMEM containing 10%-50% fibroblast-
conditioned medium is recommended, or the medium can be changed on a 
split feeding basis by replacing only 30% - 90% of the medium in each well. 
Falanga has reported that the recovery of fibroblast clones can be improved 
by incubation under moderately hypoxic conditions (2% oxygen) [9]. 

3.1.2.2 Growth characteristics 
Fibroblast cultures grow by mitosis in a generally exponential manner, 

reaching an asymptotic value as described below. Under these conditions, 
the cells become quiescent in G1, but are thought to progress to a state from 
which it takes progressively longer to induce them to re-enter a proliferative 
state. This process is poorly defined, but has been termed Go. The quiescent 
state is quite distinct from senescence in at least two respects. First, the cells 
can be re-activated by sub-culture and, to some extent, by addition of fresh 
medium. Second, they do not express the various markers of senescence 
discussed below. 

For some studies, such as those on DNA synthesis following treatment 
with DNA-damaging agents, it may be desirable to minimize replicative 
synthesis. One method is to allow the culture to reach confluence and then 
monitor it until the frequency of mitotic cells decreases to less than 1 per 3 
low power fields. Mitotic cells are visible as spherical, refractile cells, 
sometimes with the spindle discernable under phase contrast, and sometimes 
in pairs that stand above the flattened monolayer. The cultures should be left 
for 1-2 days without change of medium after this point is reached, and the 
experiment performed in the same medium ( i.e. without a medium change) 
to avoid stimulation arising from the addition of fresh medium. 

3.1.2.3 Contact inhibition 
Human fibroblast cultures, and untransformed fibroblasts from other 

species, characteristically show reduced migration and mitotic activity when 
in contact with other cells. This is termed contact inhibition. Although the 
phenomenon has long been known, there is little understanding of its 
mechanism. Work from Wieser’ s laboratory has implicated a mechanism 
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involving a galactose-bearing cell surface protein, contactinhibin, interacting 
with a lectin-like receptor [22-24]. Recently, the possible involvement of 
connexin 43 [25] and the cadherin/catenin systems [26] have also been 
suggested. Contact inhibition causes changes in signal transduction [27], as 
might be expected, and it appears to involve p16INK4A at the level of cell 
cycle arrest [28], and p27KIP at the level of cell senescence [29]. 

3.1.2.4 Activation 
It is worth bearing in mind that fibroblasts in culture express a phenotype 

that differs from their behavior in vivo. For instance, they proliferate and 
secrete extracellular matrix. These two properties are probably representative 
of a large number of changes in gene expression between a quiescent, 
differentiated phenotype concerned with the maintenance of mature 
connective tissue, and one that is concerned with wound healing. The tissue 
culture environment resembles wound healing not only from the dispersion 
of the cells, but also in the presence of wound healing growth factors derived 
from serum. It is generally true that fibroblasts in culture are activated to a 
tissue repair phenotype. 

The expression array technique has recently been applied to examining 
the effect of serum on gene expression in quiescent fibroblast cultures [18], 
revealing the complexity of time-dependent gene activation and repression 
that occurs in a process of this kind. 

3.1.2.5 Differentiation 
The major differentiated function of fibroblasts, collagen deposition, is 

well demonstrated in three-dimensional culture. However, the cells do show 
other types of differentiation, notably expression of α-smooth muscle actin 
to form the myofibroblast. This cell type is prominent in granulation tissue. 
Induction of the phenotype is dependent on both TGF-β and adhesion of the 
cells to fibronectin containing the EIIIA splice variant [30], the type of 
fibronectin secreted by fibroblasts in culture and in wounds [31]. Expression 
of the myofibroblast phenotype is repressed by a type I collagen substratum 
[32] and γ-interferon. The ability to induce this phenotype appears to be a
property of the majority of fibroblasts and is not restricted to a specialized 
fibroblast type [33], although only a sub-population may express it at any 
particular time. 

3.2 Fibroblast Culture Lifespan 

A characteristic property of human fibroblasts, originally described in 
detail by Hayflick [34], is their limited lifespan. In general, some 40 – 70 
population doublings after isolation, fibroblasts show morphological 
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changes, becoming large and spread (Figure 1C), and the cultures cease to 
proliferate (Figure 2). The phenomenon is termed cellular senescence and 
has been the subject of much investigation and speculation, although the 
mechanisms that underlie it remain poorly understood. Early hypotheses 
ascribed senescence to error catastrophe [35] or a stem cell/committed cell 
concept [36, 37]. Neither of these theories fully explains the phenomenon 
and each has required increasing modification [38-40]. Bayreuther noted that 
senescing fibroblasts pass through a well-defined series of morphotypes and 
show characteristic changes in proteome expression [ 12, 41, 42]. Detailed 
examination of specific gene products has shown well-defined changes [43- 
50], and the current view is that there is a genetically-controlled process 
involved [51]. By generating hybrid cells through fusing transformed cells
with human fibroblasts, the senescent phenotype has been shown to be 
dominant over the immortality expressed by transformed and malignant cells 
lines [52, 53], although hybrids between early and late passage cells show 
intermediate phenotypes [54]. These results indicate that senescence is 
caused by gene expression rather than loss of function, and candidate genes 
have been identified on several chromosomes [55-57]. Many of the changes 
involve a decline in sensitivity to mitogenic stimuli that appear to involve 
changes in signal transduction pathways, recently comprehensively reviewed
by Cristofalo [58]. Two suppressors of cell cycling, p16INK4A and
p21CIP1/WAF1, which inhibit cyclin-dependent kinases, have been shown to be 
over-expressed by cells entering senescence and by senescent cells [49, 59, 
60], and are thought to account for the decline in cell proliferation. 
Disruption of these genes bypasses senescence in human diploid fibroblasts. 

Following a different line of inquiry, changes in the terminal sequences 
of chromosomes, termed telomeres, have been demonstrated in aging 
fibroblast cultures. Chromosome telomeres have been found to carry 
repetitive sequences that are required for replication. DNA polymerase 
requires a primer on which to elongate a newly replicated strand, which, in 
the case of the lagging strand (the strand replicated in the direction opposite 
to fork movement) and in initiation of a new strand from the end of a 
chromosome, is RNA. This is supplied by an RNA polymerase so that the 
first few residues of the new chromosome are constructed from 
ribonucleotides, and this region is then degraded. As a result, chromosomes 
become progressively shorter during successive cell divisions. The terminal 
sequences of chromosomes consist of repeats of d(TTAGGG)n [61]. In 
germline [62], embryonic cells [63, 64] and possibly some cells that divide 
many times [65], these sequences are maintained by telomerase. In 
fibroblasts, however, they are generally not maintained and the length of 
telomeres declines with repeated cell replication [66-68] until a point is 
reached at which the chromosomes become unstable [69] or genes are lost. 
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Transfection of fibroblasts with telomerase, which regenerates the telomeric 
sequences, immortalizes fibroblasts [70] without causing a cancer phenotype 
[71]. The relationship between telomere loss and the changes in gene 
expression, particularly p16INK4A, in fibroblasts is not yet clear, although 
separate limitation of culture lifespan by telomerase and by mechanisms 
related to p16INK4A can be clearly distinguished in other cell types [72]. A 
related protein that inhibits cell division, p21CIP1/WAF1 has been found to 
accumulate in senescent fibroblasts [73], but is not required for the senescent 
phenotype [74]. 

In other experiments, Wilson and Jones [75] indicated that the DNA of 
fibroblast cultures was progressively demethylated during culture, but that 
methylation was restored if the cells were transformed. This suggested yet 
another mechanism for a senescence clock [76]. It is notable that in 
fibroblast lines immortalized by loss of p53, in which DNA is highly 
methylated, a senescent phenotype may be restored by demethylation using 
azacytidine [73]. 

The relationship between telomere maintenance, DNA methylation and 
expression of p16 and p21CIP1/WAF1 in cellular senescence has been 
explored by Noble et al. [77] and by Vogt et al [73]. Their results indicate 
that telomere length and DNA methylation operate independently [73]. Loss
of p16INK4A will increase life span, but does not cause immortalization 
without another event such as telomere maintenance [77]. p21CIP1/WAF1

appears as cultures reach senescence, while p 1 6INK4A is induced later, when
senescence is established. However, it is p16INK4A that binds to the cell cycle 
kinases CDK4 and CDK6 and inhibits them. p16INK4A can be induced by a 

is induced by a demethylation-dependent mechanism, while p21CIP1/WAF1

demethylation-independent pathway. 
The senescence phenomenon observed in human fibroblasts occurs both 

in other types of cells [78] and other animals [40, 46]. It is not easily 
observed in rodents, although it is possible [79], as the cultures generally 
develop focal colonies of cells that possess a transformed phenotype [6]. 
These cells are immortal, show reduced inhibition of proliferation on contact 
and eventually dominate the culture. 

Various factors have been claimed to influence the rate of aging of 
fibroblast cultures. Low dose irradiation and dexamethasone have been 
found to extend the lifespan [80-83], whereas 5-azacytidine, which 
demethylates DNA, reduces lifespan [76, 84]. Cryopreservation, performed 
as described below, appears to have little effect on culture aging. 
Experiments using human fibroblasts found no difference in passage 8 
fibroblasts (10:1 split) whether they had been cryopreserved at passages 6
and 7 or not. In contrast, failure to feed cultures, leading to a sharp decrease 

INK4A
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Figure 2. Changes in growth rate with population doubling. Fibroblasts were cultured as 
monolayers and sub-cultured weekly at a plating density of 5,000 cells per cm2 and fed at 4 
days. The cells were counted at harvest and a nominal growth rate calculated. This is plotted 
against the number of cumulative population doublings. The numbers above the lines are 
passage numbers. Senescence is visible in line 1 from about 60 doublings. In the cultures of 
the same cell strain used for line 2, midweek feedings were omitted at the 9th and 13th

passages, resulting in major loss of viability and cells. It may be noted that the number of 
cells harvested from these two cultures was less than the number seeded, resulting in 
retrograde movement on the abscissa and a negative growth rate. Although senescence 
occurred at about the same passage number, the number of population doublings was reduced 
by about 20, although the expected number of cell doublings required to make up the cells 
lost should have been about 7. The conclusion from this observation is that mishandling 
fibroblast cultures may result in a much larger consumption of potential cell doublings than 
might have been expected from analysis of the event itself. 

in the number of adherent cells, has been found to cost about 10 population 
doublings (Figure 2). 

Examination of gene expression in senescent cultures using array 
technology has indicated that the cells activate several genes associated with 
inflammation [85, 86] and extracellular matrix degradation. This is 
consistent with observations of elevated and disregulated metalloprotease 
secretion [87-90], obtained by classical techniques. The observations are 
interesting as they may be related to cellular abnormalities found in chronic 
wounds.
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3.2.1 Stem cell question 

The existence of stem cells within fibroblast populations has been 
invoked to explain senescence, but the question has not been settled. No 
stem cell population has ever been isolated from fibroblast populations and 
the evidence for such cells is indirect. 

3.2.2 Passage and doubling 

The life of a culture is commonly measured by two different scales: 
passage and doubling. A cell or population doubling constitutes an average 
of one cell division per cell, and is the way in which fibroblast lifespans 
were originally expressed, giving numbers of 50 – 70. Passage number refers 
to the number of sub-culturing operations. Depending on how this operation 
is performed, it may correspond to any number of doublings, but is 
commonly about three cell divisions, corresponding to an 8:1 split. In this 
case, senescence occurs at about passage 13 - 20.

3.2.3 Practical Considerations of Fibroblast Senescence 

From the practical point of view in fibroblast culture, the mechanism of 
senescence is irrelevant. It is important, however, to bear in mind that the 
cultures do change in phenotype with passage (Figure 1), and it is important 
to always use cultures at a comparable level of maturity. 

3.2.4 Methods to maintain consistent cultures 

For rigorous work, it is important to use fibroblasts at a consistent stage 
of their lifespan. The precise stage is a compromise between cell yield and 
cell quality. While the proliferation rates of fibroblasts decline quite 
suddenly as they become senescent (Figure 2), there is a steady decline at 
earlier stages. In general, this is not a limiting factor. It may be borne in 
mind that the yield of cells at 40 doublings, close to the practical limit, is 
about 1012 times the original inoculum. In general, cell banks are 
cryopreserved at various stages of the lifespan to provide convenient 
expansion for experiment or manufacturing. Typically, a single isolate can 
be frozen at passage 3, using 10:1 splits, as about 200 vials. The cells can 
then be thawed, grown and frozen again at a later passage. 

3.2.4.1 Cryopreservation 
Fibroblasts in suspension are easily and reliably stored by 

cryopreservation at liquid nitrogen temperatures in a cryoprotectant solution 
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containing 10% DMSO in growth medium. Other cryoprotectants, such as 
glycerol, have been employed, but for suspended fibroblasts, DMSO is 
satisfactory. Cultures are trypsinized as described above. DMSO is toxic to 
some cell types, including fibroblasts in suspension, although not in three-
dimensional culture [91], so it is important to minimize the time that the 
cells are in contact with it. Depending on the number of vials to be prepared, 
the cells may be re-suspended in cryoprotectant at a density of about 1.5 x 
106 per mL, pipetted in 2 mL aliquots into freezing vials and frozen, or re-
suspended in growth medium, aliquoted and then DMSO added to a final
concentration of 10%. The second method has the advantage of minimizing 
osmotic shock to the cells, but often results in precipitation of proteins out of 
the serum. The cells must be cooled slowly, ideally using a controlled rate 
freezer set to a –0.4 to –1°C per minute cooling rate. Alternatively, it has 
generally been found adequate to store the vials in an insulated container, 
such as an expanded polystyrene foam box with a wall thickness greater than 
15 mm, in a –70°C freezer for 6 hours to overnight. The vials are then 
transferred to liquid nitrogen storage, either in the liquid or vapor phase. The 
important point here is that, for long term stability, storage must be below 
the glass transition temperature of the water/10% DMSO system, about 
–120°C, which can be achieved in the vapor phase of liquid nitrogen. 

3.2.4.2 Fibroblast immortalization
Fibroblast immortalization is best divided into 2 groups: human 

fibroblasts forming one group and those of other species forming another. 
Most work has been performed on rodent fibroblasts that spontaneously 
undergo a process that generates immortal cell lines (i.e. transformation) as 
discussed above. Human cells do not undergo spontaneous transformation. 
In a careful study in 1988, McCormick [92] concluded that up to that time, 
there was only one unequivocal case of spontaneous transformation of 
human fibroblasts [93]. Honda reported isolation of spontaneously 
immortalized lines from a high-dose radiation survivor [94]. Even 
carcinogen and radiation treatments are questionable sources of 
transformants from human fibroblast strains [8 1, 92, 95]. 

Human fibroblasts can, however, be immortalized by transfection with 
SV-40 T antigen, either in the form of the virus or on a plasmid with a 
selectable marker [96]. Transfection produces an immediate change in the 
phenotype of the cells without immortalizing them. After a number of 
generations, the cultures decline in growth rate and proceed through a 
“crisis” from which immortal lines emerge. The nature of the process is not 
clear, but numerous changes occur, including maintenance of DNA 
methylation [97], chromosomal changes [98] and stabilization of telomere 
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length [99]. The resulting cells are immortal, but their relationship to the 
original fibroblast strain is uncertain. 

As discussed above, recent evidence has indicated that telomere length 
plays a critical role in fibroblast aging and that cells can be immortalized 
merely by providing them with the means to maintain telomere structures. 
Transfection with telomerase has been found to confer immortality on 
human fibroblasts [70]. Currently available evidence indicates that 
fibroblasts immortalized in this way show no other transformed properties 
[71], so the method appears ideal for the production of cell strains immune 
to senescence. 

3.3 Three-dimensional culture 

Fibroblasts are frequently loosely considered to be a primitive cell type 
lacking the obvious differentiated functions of cells such as keratinocytes. 
However, although it is not commonly displayed in simple monolayer 
culture, fibroblasts are highly specialized in collagen deposition and 
maintenance and have a clear differentiated phenotype that can be 
demonstrated in vitro in three-dimensional culture. 

Several three-dimensional culture systems for fibroblasts have become 
available. In these systems, fibroblasts behave quite differently from 
monolayer cultures, and the systems differ from one another to a major 
extent. The earliest such system was developed by Bell who cast fibroblasts 
in collagen gels [100-102]. More recently, fibroblasts grown on woven or
knitted three-dimensional scaffolds have been found to form a dermal-like 
tissue [103, 104]. Even in the absence of a scaffold or collagen gel, 
fibroblasts under suitable conditions ( e.g. at high density in the presence of 
ascorbate) will produce a dermis-like three-dimensional structure that may 
reach 16 cell layers thick [14-16]. Each of these three-dimensional culture 
systems shows properties that differ from monolayer culture. 

3.3.1 Collagen Gel Cultures 

Three-dimensional culture systems based on collagen gels are prepared 
by suspending fibroblasts in a neutralized collagen solution with growth 
medium, and then pouring into a Petri dish [100, 102, 105]. Collagen in 
solution can be obtained commercially as Vitrogen (Collaborative Research, 
Framingham, MA) which is derived from calf skin, or can be extracted from 
a source such as rat tails (e.g. see [1], page 195). Collagen is soluble at low 
pH and is generally supplied in dilute acetic acid. The amount of normal 
NaOH required to neutralize the acid should be determined by titration. Two 
systems of this kind have been devised, relaxed gels and stressed gels. 
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Relaxed gels are formed by casting the fibroblast-containing collagen gel in 
a dish, such as a microbiological Petri dish, to which the gel cannot adhere. 
The resulting free-floating gel can contract without constraint. Under these 
conditions, fibroblasts cause the gel to contract by a factor of 20- to 30-fold
by a CAMP-dependent mechanism [106]. This produces a dermis-like
structure with substantial mechanical strength, in which the fibroblasts 
become quiescent and comparatively unresponsive to growth factors [107,
108]. A stressed gel is produced by casting the collagen gel on a tissue 
culture-treated dish or in a frame so that the gel is not free to contract. 

In relaxed collagen gels, the majority of the cells cease to proliferate, and 
the amount of collagen mRNA and the rate of collagen synthesis is greatly 
reduced [109-113]. In a stressed gel, a majority of cells continues to 
proliferate, although about 25% do not, and collagen synthesis is comparable 
with monolayer culture and is not completely inhibited. Collagenase (MMP- 
1) is induced, which is thought to be mediated through the collagen receptor, 
α2β1 integrin. Integrin α2β1 is induced by interaction with fibrillar collagen 
by an NFκB-dependent mechanism [114], whether in monolayer or three-
dimensional culture. Both relaxed and stressed collagen gel cultures provide 
good substrates for keratinocyte growth and have formed the basis for the 
development of skin equivalent systems [101, 102, 105, 115-118]. In terms
of their comparatively quiescent fibroblasts, these cultures have several 
properties in common with non-wounded skin. 

3.3.2 Scaffold-based Three-dimensional Cultures 

When cultured on a three-dimensional polymer scaffold, fibroblasts 
proliferate in a logistic manner as a single population nearly as rapidly as 
they do in monolayer culture. After about 1 week, the cells start to deposit 
extracellular matrix and fill up voids in the scaffold structure (Figure 3). 
Collagen deposition (Figure 4) is associated with a shift in energy 
metabolism from glycolysis to oxidation (Figure 5). The rate of collagen 
deposition is very high, approaching 200 pg/cell/day or 2,000 – 3,000 
molecules/sec/cell. By comparison with monolayers, fibroblasts in this type 
of culture also induce mRNA for the inflammatory cytokines IL-6, IL-8 and 
G-CSF, and the angiogenic factor vascular endothelial cell growth factor 
(VEGF) [119]. In contrast to collagen gel-based cultures, scaffold-based
cultures show many properties in common with active wound healing tissue 
in their high rates of proliferation, extracellular matrix deposition and 
cytokine induction. 

Scaffold-based fibroblast culture systems have been grown on several 
types of support. The simplest is woven nylon fabric with a thread spacing of 
about 140 µm. Various other scaffolds have been used based on different 
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materials, including a degradable co-polymer of lactate and glycolate, and on 
different structures, including chopped strand fiber mats, porous sponges, 
knitted, woven and braided fabrics. To a first approximation, the nature of 
the material and its physical structure appear to be of secondary importance 
to its three-dimensionality and a cavity size within the correct range. Cells 
are seeded at about 105 per cm2, and then fed periodically with DMEM 
supplemented with 10% BCS, 2 mM L-glutamine, non-essential amino acids
and 50 µg/mL ascorbic acid. At early times, the intervals between feeding 
can be similar to monolayer cultures (3-4 days). At later times, as the cells 
reach higher densities and begin to secrete collagen, the frequency of 
medium changes should be increased. The interval between feeding depends 
on the type of DMEM (high or low glucose) and may be judged by 
estimating glucose utilization with an instrument such as the YSI 
glucose/lactate analyzer (YSI, Yellow Springs, CO) or, with experience, 
from the color of the medium. 

Figure 3. Proliferation data for a fibroblast culture fitted to the Verlhurst equation. Data were 
obtained from multiple three-dimensional cultures growing on a lactate/glycolate co-polymer
scaffold in a static batch-fed system. Medium was changed when about 25% of the glucose in 
the medium had been consumed. 
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Figure 4. Collagen deposition in a three-dimensional culture. Collagen deposition was
determined in the same experiments as used for Figure 3, and is fitted to the equation
described in the text with the cell density raised to a power of 2.6.

Figure 5. Changes in the ratio of lactate production to glucose consumption in three-
dimensional cultures during incubation. The data are a compilation of a large number of 
experiments using three-dimensional fibroblast cultures grown on a nylon scaffold. Growth 
and matrix deposition in these experiments were comparable to those shown in Figures 3 and 
4.
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3.3.3

3.3.3.1 Three dimension culture 
The mechanism of control of the very high rate of collagen deposition 

observed in scaffold-based three-dimensional cultures is not clear. One 
possible explanation is related to the mechanism of collagen deposition 
mediated by pro-collagen C-proteinase, shown to be bone morphogenetic 
protein 1 (BMP-1) [120, 121]. Cleavage of the C-terminal region from pro- 
collagen greatly reduces its solubility in aqueous solution at neutral pH and 
results in precipitation of the triple helical region as fibrillar collagen. Three- 
dimensional culture may promote increased local concentrations of pro- 
collagen and BMP-1, which allows this reaction to take place in a manner 
that does not occur in monolayers. A similar argument may be applied to 
autocrine growth factors such as connective tissue growth factor (CTGF). It 
has also been noted that the activity of the C-terminal pro-collagen peptidase 
is increased 10 – 15-fold if the pro-collagen is aggregated [122]. Three- 
dimensional culture may well provide more favorable conditions for pro-
collagen aggregation than monolayer culture. 

3.3.3.2 Effect of ascorbate 
The importance of ascorbic acid in the maintenance of connective tissue 

has been known since its discovery by Waugh and King in 1932 [123] as the 
curative agent found in lemons for scurvy, which was shown to be identical 
to a “hexuronic acid” isolated by Szent-Györgyi. Ascorbic acid appears to 
influence collagen synthesis in at least two ways. Firstly, it is a co-factor for 
proline and lysine hydroxylases, although its role generally appears to be 
catalytic rather than stoichiometric [124]. Since proline hydroxylation is 
required to stabilize the collagen triple helix to the point that it remains intact 
at physiological temperatures, under-hydroxylation causes intracellular 
collagen degradation, and hence reduced secretion [125]. This, however,
does not appear to be the major effect of ascorbate on collagen synthesis 
and, as a second and apparently independent action, ascorbate induces 
collagen at the mRNA level [126-130]. As discussed above, ascorbate 
addition can induce the formation of a three-dimensional extracellular matrix 
structure.

3.3.3.3 TGF-β1 and Connective Tissue Growth Factor (CTGF) 
TGF-β1 is the archetypal growth factor stimulating connective tissue

deposition. Work from Grotendorst’s group has indicated that this action is 
mediated, in the case of fibroblasts, through stimulating secretion of CTGF 
[131, 132]. The CTGF promoter carries TGF-β response elements [132] and
its expression is highly induced by TGF-β1. CTGF induces collagen 
synthesis and, under suitable conditions, fibroblast proliferation. The reason 

Effect of culture conditions on collagen deposition 
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for this apparent growth factor relay is not yet evident, but it may be 
important both in providing control of extracellular matrix synthesis 
independent of TGF-β, and in enabling further control on one aspect of the
action of TGF-β. In common with other autocrine growth factor systems
[133], CTGF may also provide a chemical means of sensing the environment 
of the cell and controlling collagen synthesis in a manner responsive to 
extracellular conditions. CTGF carries several binding sites for IGF, TGF-β
and heparin that may play a role in such a sensor function [ 134]. 

4.

4.1

ANALYTICAL METHODS FOR THE STUDY OF 
FIBROBLAST CULTURES 

Methods for Determining Cell Proliferation 

Numerous methods are available for determining the growth 
characteristics of fibroblasts. Essentially any cell property that does not 
change with culture density can be applied. The following is a selection of 
the more useful methods. 

4.1.1 Cell number 

The simplest and most direct approach to determining the cell density of 
a fibroblast culture is to count the cells. This may be performed visually 
using a hemacytometer, or using a particle counter (e.g. Coulter, Hialeah, 
FL). A hemacytometer is a simple, cheap instrument that gives reliable 
results in experienced hands. It is, however, essential to follow the 
manufacturer’s instructions, to take the sample from the middle of a well-
mixed culture, and to fill the hemacytometer in a rapid and consistent 
manner. The hemacytometer is particularly useful for performing 
comparative counts of live and dead cells after staining with trypan blue. 

Particle counters, such as the Coulter counter, once set up, provide values 
that are less variable from operator to operator than those obtained with a 
hemacytometer. It is important, in this case, that the gates are set correctly, 
but once this is performed, consistent results can be obtained. 

4.1.2 Protein 

With the possible exception of senescent cultures [135], fibroblasts retain
an approximately constant protein content averaged over the cell cycle 
which can be used to follow culture growth. As discussed below, the value 
will change with the age of the culture as the cells move into stationary 
phase. However, the major protein component of monolayer cultures is 
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serum that must be removed. In the case of adherent fibroblasts, this is easily 
accomplished by washing with a protein-free isotonic solution such as PBS. 
Many convenient commercial kits are available for protein estimation from 
suppliers such as Pierce (Rockford, MD), BioRad (Hercules, CA), and 
Sigma (St. Louis, MO). 

4.1.3 DNA 

Diploid cells contain a constant amount of DNA, 6 pg in humans [136, 
137], so DNA estimation may be used to determine cell number. In a 
proliferating population, however, a proportion of the cells are in S and G2

phases, so the average cellular content is somewhat higher. For fibroblasts 
dividing about once every 24 hours, a value of 7 pg/cell is appropriate. 
Clearly, this value changes with the growth phase of the culture, and to use 
this method as an accurate means of determining cell number requires 
estimating the distribution of cells in different phases of the cell cycle by 
flow cytometry. Commercial kits for DNA estimation methods with 
sensitivity suitable for this purpose are widely available, generally using the 
binding of fluorescent dyes such as Hoechst 33258. 

4.1.4 Metabolic activity 

Metabolic activity, determined by a reduction of dyes such as 3-[4,5-
dimethylthiazol-2-yl]-2,5-diphenyltetrazolium bromide (MTT), 2,3-bis[2- 
methoxy-4-nitro-5-sulphophenyl-2H-tetrazolium-5-carboxanilide (XTT), or 
Alamar Blue, has been used to follow changes in culture properties both 
during growth and toxicity testing. The dyes are reduced to intensely colored 
formazan derivatives that may be insoluble (MTT) or soluble (XTT, Alamar 
Blue) in medium. Their concentrations may be determined 
spectrophotometrically either directly in the medium (XTT, Alamar Blue), or 
after extraction with isopropanol (MTT). These methods show high 
precision and ruggedness, but, as with protein and DNA contents, metabolic 
activities measured by these means in individual cells can vary substantially 
and change with the growth phase of the culture. 

MTT reduction has been widely used for estimating cell viability in 
cytotoxicity [138-145], and for following cell proliferation [146-149] in 
growth factor assays. The use of MTT for this purpose stems from the work 
of Slater on mitochondrial electron transport [150], and it has been generally 
considered that, in mitochondria, MTT is reduced mainly (60%) by 
ubiquinone through reduction by succinate dehydrogenase, but also by 
cytochrome c (40%). However, MTT is efficiently reduced by NADH, and 
studies by Berridge indicate that much of the cellular MTT reduction is 
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extra-mitochondrial [151]. It thus appears that the assay measures the 
activity of part of the cytochrome electron transport chain and part of the 
citric acid cycle, together with extra-mitochondrial dehydrogenase systems. 
Provided the amount of these activities per viable cell remains constant and 
activity is lost in dead cells, MTT reductase activity provides a useful 
measure of the number of viable cells. However, it must be noted here that 
cellular MTT reductase activity is not necessarily constant. It was recognized 
early [146] that MTT reduction could be used to detect cellular activation 
independently of proliferation. Berridge [152] showed that cAMP would 
increase MTT reduction, and Vistica [153] found that MTT reduction could 
be greatly influenced by the glucose concentration in the medium. However, 
provided the cells are compared under the same conditions of medium and 
cell activation, MTT has been found to be a good measure of viable cells. 

Although the formazan derived from MTT is insoluble and precipitates in 
cells, MTT reduction by monolayer fibroblast cultures is linear for 2 hours. 
The relationship between dye reduction and MTT concentration shows a 
maximum at a concentration of about 1 mg/mL. Thus, cultures may be 
incubated with MTT at a concentration of 0.5-1 mg/mL in medium 
supplemented with 2% - 10% serum, at 37°C for a standardized time up to 2 
hours. The medium is removed, the cultures washed with PBS or HBSS and 
the formazan extracted with isopropanol. The blue color is conveniently 
determined in a plate reader at 540nm. Clearly, some variation is possible in 
application of the method to suit different purposes, although parameters 
such as the time of incubation with MTT, the volume of isopropanol used to 
extract the formazan and the temperature of incubation need to be applied 
consistently.

4.1.5 Dye dilution 

Monitoring cell division by determining the dilution of a membrane- 
binding tracker dye is an approach to estimating cell proliferation that differs 
fundamentally from any of the methods that estimate increases in a cellular 
property, and provides quite different information about the culture. This 
technique is based on the development of fluorescent cell tracker dyes that 
bind to and associate irreversibly with the cells [154-157]. This has been 
developed into a system for following the generational composition of a 
population, using the division of the cellular dye load between the two 
daughter cells during mitosis [158]. The cells are labeled, excess dye 
removed and a reference distribution of the dye in the cell population is 
determined by flow cytometry. The cells are then inoculated into culture and, 
as the cells divide and the dye is distributed between the daughter cells, the 
flow cytometric pattern shifts and broadens to lower fluorescence intensity. 
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Using the original flow cytometric distribution as a reference, the 
distributions obtained at later times can be resolved into a series of Gaussian 
curves from which the generational compositions or the populations can be 
calculated. This methodology allows the detection of sub-populations in the 
culture that proliferate at different rates. It has been developed into a 
commercial kit (Cell Census PlusTM, Sigma). The generational compositions 
can be compared with predictions from the Verlhurst equation (see below), 
including if necessary, multiple populations. Using this method, it has been 
found that non-senescent fibroblast cultures grow both in monolayer and in 
scaffold-based three-dimensional culture as a single population. In contrast, 
collagen gel-based three-dimensional fibroblast cultures show multiple 
populations, including a proportion of non-proliferating cells [119]. 

4.2 Mathematical description of culture growth 

The growth of a fibroblast culture is logistic, starting with a lag phase 
(frequently related to the time spent in stationary phase prior to sub-culture), 
a log phase, then leveling off to stationary phase as the cells become contact 
inhibited. The three values that characterize this type of growth are the 
inoculum size, the growth rate and the maximum cell density. These values 
may be evaluated in various ways. The mean growth rate is frequently 
determined by plotting the natural log of the cell number against time. If a 
reasonably straight region of the growth curve is selected, the slope gives the 
mean growth rate, and the y-intercept gives the log of the inoculum size 
from which the culture apparently developed. This method depends on a 
subjective estimation of the linear region of the graph. This can be avoided 
by the use of logistic expressions as outlined below. The mean growth rate 
can be related to the doubling time by the expression: 

Doubling time = 1n(2)/mean growth rate 

For a very rough idea of the proliferation rate, the doubling time can be 
determined from the cell yield, the growth time and the inoculum from: 

0.3 x time to harvest / log10(yield/inoculum)

This value is always an overestimate of the doubling time, but may be 
used to give an indication of serious culture problems. 

The growth of cultures can be fitted to many mathematical expressions 
such as the Gompertz equation [159], as well as the Verlhurst equation 
which will be discussed as an example. 
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The Verlhurst equation was derived in 1844 to describe the growth of a 
population under conditions in which a critical factor, such as a nutrient, was 
limiting. It takes the form: 

which can be integrated to give 

where Nt is the number of cells at time t, Nmax is the maximum number of 
cells, No is the number of cells in the inoculum and k is the mean growth rate 
of the culture. Experimental values of the cell density as a function of time 
can be conveniently fitted to this equation (Figure 3) by the method of least 
squares using the solver function of a spreadsheet such as Excel (Microsoft, 
Redmond, WA). While the theoretical basis of this equation, limited 
provision of a factor critical for growth, may not necessarily apply to tissue 
culture systems as usually grown, other hypotheses, such as generation of a 
toxic product or a differentiation-inducing factor, give rise to expressions 
that are indistinguishable under practical conditions. 

The Verlhurst expression may be interpreted on the proposition that cells 
proliferate in an exponential manner, but withdraw from the cell cycle as 
they reach a maximal density according to the term (1 - N/Nmax). Withdrawal 
from the cell cycle, however, needs to be interpreted with care because dye 
dilution experiments demonstrate that fibroblasts proliferate as a single 
population. It would thus appear that (1- N/Nmax) rather represents, on 
average, a greater proportion of the cycle spent in G1.

Use of the Verlhurst equation assumes a particular relationship between 
cell density and the drop in proliferation (1- N/Nmax) that may ultimately be 
superceded by better theoretical models of the mechanism of the control. 
However, at this point, the available data are not sufficiently refined to 
distinguish between such models. 

4.3 Viability 

Determination of the viability of fibroblast cultures is notoriously 
difficult. The most rigorous method for determining the number of viable 
cells in a culture is cloning efficiency, in which cells are plated at a low 
density such that, as they proliferate, they form discrete clones. Under these 
conditions, fibroblasts show meager, cell density-dependent plating 
efficiencies. Thus, although comparative values for viable cell numbers can 
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be obtained, the experiments must be performed with care and the absolute 
values interpreted with caution. As much as possible, the number of viable 
clones counted on each plate should lie in the same range (within a factor of 
about 5) to minimize the effect of density on plating efficiency. This requires 
plating the cells in a series of dilutions, and then using the appropriate 
dilution for subsequent data analysis. The colonies should be allowed to 
grow to at least 16 cells, preferably to more than 64 cells, and then stained 
(e.g. with Giemsa) and counted. Clearly, in the case of fibroblasts, the 
technique is only practical with cultures that are pre-senescent by at least 6 
population doublings. 

Since cloning efficiency is both tedious and provides a poor estimate of 
viability, other methods have been developed. These depend on membrane 
permeability or metabolic activity. The simplest utilize dyes to which the 
cell membrane is impermeable. Thus, trypan blue is excluded by live cells, 
so that when viewed in a hemacytometer, dead cells are blue and live cells 
clear and refractile. A practical method is given by Freshney [1]. Fluorescein 
diacetate [160, 161] and Calcein AM [162] are fluorescein derivatives that 
are taken up by live cells and hydrolyzed to a product to which the cell 
membrane is impermeable. These dyes are therefore accumulated by live 
cells. Calcein AM is generally superior as its loss from the cells is slower 
than that of fluorescein [163]. DNA binding dyes, such as ethidium bromide 
[ 164], propidium iodide, ethidium bromide homodimer I [165-167] and
Sytox (Molecular Probes, Eugene, OR) are unable to enter viable cells, but 
are taken up by dead cells and stain the DNA of the nucleus showing a very 
large fluorescence enhancement on binding. A number of commercial 
methods are available based on these dye combinations that provide 
convenient means to determine culture viability (Molecular Probes). The 
methods can be applied to FACS and fluorometric techniques [168].

4.4 Extracellular Matrix Synthesis 

4.4.1 Collagen deposition 

Collagen deposition by fibroblasts has been found to depend on the 
culture type, ascorbate [14-16, 128], TGF-β1 [16, 169] and provision of
certain amino acids, particularly cystine [170]. Collagen content may be 
determined by several methods including dye binding, hydroxyproline 
determination and estimation of cyanogen bromide cleavage products. 

4.4.1.1 Sirius red binding 
The binding of Sirius Red F3BA (also called Direct Red 80) in saturated 

picric acid solution has been used widely to estimate fibrotic collagen [ 17 1 -177].
In these methods, the amount of dye is estimated micro-spectrophotometrically,
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or eluted with alkali and determined in a spectrophotometer or micro-plate 
reader. The technique has been adapted using alkali elution to a micro-plate 
application. In our modification, we solubilize the bound dye with collagenase, 
which provides more quantitative elution than alkali and is specific for collagen. 

The specificity of Sirius Red binding to collagen is based largely on its 
use as a histological stain. In rat liver with various degrees of cholestatic 
fibrosis, collagen content measured by Sirius Red binding shows a strong 
correlation with hydroxyproline content [173, 178]. In addition, histological
staining of collagen with Sirius Red is bi-refringent, indicating directional 
binding related to the orientation of the collagen strands. Sirius Red is 
known to bind to proteins other than the classical collagens that contain 
collagen-like triple helices, such as the complement component C1 [178]. 
Some minor binding to serum albumin has also been found, although control 
experiments using a bovine serum albumin standard have shown no 
interference with the assay. We estimate this to represent less than 2% of the 
collagen signal obtained from typical scaffold-based three-dimensional
fibroblast cultures. While the mechanism of dye binding is not clear, 
comparison of collagen binding by related dyes indicates that the sulfonate 
groups are unlikely to be important, although they may play a role in 
bringing the dye into the vicinity of the protein [179]. It has been proposed 
that the chemical structures providing major binding are the four widely 
spaced azo groups and planar aromatic rings. 

Puchtler et al. point out that Sirius Red F3BA is likely to aggregate in 
picric acid solution and may not be able to penetrate collagen bundles. It is 
not dialyzable. Furthermore, they also question the extent to which dye 
binding may give quantitative estimates of collagen, since the degree of 
aggregation and binding may depend on the dye concentration. Under our 
conditions, we use a standard picrosirius red solution that saturates the 
collagen, and we expect dye binding to be constant. It is likely that the 
penetration of Sirius Red varies with the packing of collagen bundles. These 
considerations place a constraint on the application of this technique. 

Samples to be tested may be pre-washed with a detergent solution, such 
as 0.1 % Triton X-100, to remove possible interfering cellular proteins, and 
then incubated with 0.1% Direct Red 80 (Sigma) for 60 minutes with 
shaking. An adequate volume of dye solution needs to be added. e have 
found 0.5 mL to be sufficient for samples containing up to about 2.5 mg 
collagen. At the end of the incubation, the dye solution is removed, the 
sample washed 3 times with PBS, and a suitable volume (0.5 - 2 mL) of 
sterile 2 mg/mL bacterial collagenase in PBS (with calcium and magnesium) 
is added. After incubation for at least 1.5 hours with shaking at 37°C, the 
concentration of released dye is determined using a micro-plate reader at 540 
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nm. Standards may be prepared by drying soluble collagen (Sigma) on a 
woven or knitted scaffold up to about 400µg per cm2.

4.4.1.2 Hydroxyproline 
Hydroxyproline is a unique constituent of collagen required for 

stabilization of the triple helical structure. Hydroxylation occurs within the 
cell, much of it during synthesis on the ribosome [180-182], by a reaction 
that uses ascorbate as a reducing co-factor and decarboxylates 2-
oxoglutarate. Hydroxyproline may be determined by reaction with p-
dimethylaminobenzaldehyde. Its content in mature collagen is 14.3% [ 183]. 
Samples containing about 150µg collagen are hydrolyzed overnight at 60°C 
using papain (1 mg/mL in 0.1M phosphate buffer, 5mM cysteine, 5mM 
EDTA), followed by overnight treatment at 120°C in 6N HCl. After drying, 
the residue is taken up in 1mL 0.25M sodium phosphate buffer (pH 6.5) and 
50µ1 samples are oxidized by addition of an equal volume of 67mM 
Chloramine T in a solution of 1M sodium acetate, 0.15M sodium citrate, 
30% isopropanol, pH 6.0 for 20 minutes at room temperature in a 96 well 
plate. An equal volume of 0.12M p-dimethylaminobenzaldehyde in 70% 
isopropanol containing 1.8M perchloric acid is added and the plate is 
incubated in a water bath at 60°C for 30 minutes. After allowing the plate to 
cool for 10 – 15 minutes, the optical density of the solution is determined at 
540nm and compared with a range of standards. It should be noted that 
amino acid analysis of collagen deposited by cultured cells has indicated that 
the value of 14.3% for the hydroxyproline content of collagen may vary 
somewhat with source, and this should be verified before using the method 
routinely [184]. 

4.4.1.3 Cyanogen bromide peptides 
Cyanogen bromide cleaves proteins at methionine residues. Different 

pepsinized collagens give well-defined peptides that can be separated and 
quantified by electrophoresis [185], by HPLC [186], or by 2-dimensional
electrophoresis [187]. The major advantage of these methods is their ability 
to distinguish between different types of collagen. 

4.4.1.4 Proline incorporation 
Since collagen contains a high proportion of proline and hydroxyproline, 

incorporation of [3H]- or [14C]- proline has long been used to provide an 
estimate of the relative rates of collagen synthesis under various conditions. 
It needs to be borne in mind, however, that other proteins contain proline- 
rich regions (e.g. SH3 interaction sites), so that proline incorporation is by 
no means unique to collagen synthesis. Careful analysis of collagen secreted 
by dermal fibroblasts in monolayer culture give values from 38% - 66%,
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depending on cell density [184]. The specificity of the method may be 
improved by including digestion with bacterial collagenase as a control. In 
this case, in contrast to the isolation of cells from tissues (see above), a 
rather pure grade of collagenase is required, as contaminating proteases may 
give rise to a falsely high estimation of proline incorporation into collagen. 

4.4.1.5 C-terminal propeptide determination 
Deposition of collagen involves cleavage of the pro-collagen by a C- 

terminal pro-collagen peptidase, of which BMP-1 is the prime example [120, 
188], with the concomitant release of the C-terminal pro-peptide, which may 
be measured in medium by ELISA. Commercial kits are available for C- 
terminal pro-peptides for collagen types I, II and III. Several factors may
complicate estimation of deposited collagen from pro-peptide release, 
including degradation of the pro-peptide and collagen turnover. It is, 
therefore, important to calibrate the C-terminal pro-peptide release method 
by comparing deposited collagen with a method such as Sirius red binding or 
hydroxyproline, thereby ensuring proper stoichiometry. Some experiments 
using three-dimensional fibroblast cultures have indicated that cumulative 
pro-peptide release underestimates deposited collagen by a factor that varies 
with culture conditions, up to about 75%, particularly at high cell densities. 

4.4.2 Mathematical description of collagen deposition 

Secretion of cellular products has been described by the Leudeking-Piret
expression [189], which separates product formation kinetics into growth- 
associated and non-growth-associated components: 

dC/dt = α(dN/dt) + vN

where dC/dt is the rate of collagen production, α is the growth-associated 
rate constant for collagen formation and v is the rate constant for non-
growth-associated production. However, the best fit of experimental data on 
the secretion of collagen by fibroblasts to this equation requires a negative 
value for α, implying either consumption of collagen by growing cells or an 
inhibitory effect of proliferation. Since neither explanation is satisfactory, an 
alternative was devised based on the proposal that dividing cells are likely to 
show reduced collagen secretion. Cell proliferation is well described by the 
Verlhurst equation as described above, where the term describing the 
reduction in growth rate with time is interpreted in terms of increased time 
spent in G1. It is proposed that during this time, the fibroblasts synthesize 
and secrete collagen. The proportion of cells in this state is given by N/Nmax.
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Since fibroblasts in the skin, under steady state conditions, deposit no net 
collagen, it is reasonable to assume that collagen synthesis follows a logistic 
expression, similar to the Verlhurst equation, ultimately reaching a limiting 
collagen density. Using these two concepts, an equation for collagen 
deposition can be derived: 

dC/dt = DNt(Nt/Nmax)[1-(C/Cmax)]

where dC/dt is the rate of collagen deposition, D is a rate constant for 
collagen deposition, Nt is the cell density at t, C is the collagen density and 
Cmax is the maximal collagen density. The term describing the decline in 
collagen deposition at high extracellular matrix concentrations ( 1 -C/Cmax) is 
subject to the same reservations as the similar term in the Verlhurst 
expression, and may be modified with deeper understanding of the 
mechanism of control of collagen synthesis. This hypothesis provides a 
satisfactory fit of experimental data, although the very low deposition rate at 
early times indicates even greater cell density dependence. Introduction of a 
further cell density dependence term substantially improves the 
correspondence between the predicted and experimental values at early 
times. Empirical fitting for collagen deposition by scaffold-based three-
dimensional fibroblast cultures in a series of experiments, based on 
minimizing the coefficient of variation ( i.e. increasing the weighting of low 
values) gave a power of 2.6 for cell density. This is greater than the squared 
function predicted by the derivation described above and implies a further 
cell-dependent factor. Such a factor might be, for instance, secretion of 
CTGF, which is highly expressed in three-dimensional cultures, aggregation 
of pro-collagen [122], or increased local concentrations of pro-collagen and 
BMP-1. An empirical fit to this equation of data derived from a series of 
experiments is illustrated in Figure 4. This expression ignores the possible 
contribution of degradation of newly formed collagen. 

In contrast to these results in scaffold-based three-dimensional cultures, 
monolayer cultures show no dependence of collagen synthesis, expressed on 
a cellular basis, with cell density [184]. In collagen gel-based three- 
dimensional cultures, the expression of the collagen gene is repressed [112] 
and collagen secretion is reduced. This response is more marked in relaxed 
than in stressed gels. 
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5. PRACTICAL APPLICATIONS OF DERMAL 

5.1

FIBROBLAST CULTURES 

Studies of the properties of primary cultures 

Fibroblasts remain the most convenient source of primary human cells 
having no known rearrangement in their DNA. For this reason, they are 
widely used for studies of gene expression in patients with mutations 
affecting, for instance, DNA repair or aging. In common with many other 
cell types, fibroblasts can be caused to fuse by treatment with inactivated 
Sendai virus, or more practically, with polyethylene glycol [190]. This 
technique has been used to examine the complementation relationships 
between closely related diseases such as xeroderma pigmentosum [191, 
192]. The same approach has been used to demonstrate that the senescent 
phenotype behaves as though dominant to the proliferative, both in normal 
fibroblast senescence [193] and in senescence associated with the premature 
aging disease, Werner syndrome [194]. A detailed description of the 
technique of polyethylene glycol-induced cell fusion may be found in 
Freshney [ 1].

5.2 Fibroblast interactions with other cell types and 
feeder cultures 

While the most obvious differentiated function of fibroblasts is the 
secretion and maintenance of extracellular matrix, fibroblasts do interact 
with other cells both through growth factors and potentially through cell 
contact [195]. Examples of paracrine interactions include the expression by
fibroblasts of keratinocyte growth factor [196, 197], the receptor for which is 
present in the spinous layer of the epidermis but not in the dermis [198], and
secretion of IL-8 [199]. Under in vivo conditions, these interactions play a 
role in the control of inflammatory processes and wound repair. It would, 
therefore, not be surprising if fibroblasts might be used as feeder layers to 
promote the culture of other cell types. 

The first example of the use of fibroblast feeder layers was in cloning 
HeLa cells [200], and the technique has since been widely exploited for 
cloning and for the culture of cells such as keratinocytes [201], mammary 
epithelial cells [202] and tumor cells. In general, the proliferation of the 
fibroblasts must be prevented so that they do not overgrow the culture of 
interest. This is usually performed either by lethal radiation with an X-ray or 
γ-ray source, or by treatment with mitomycin C. Precise conditions have to
be determined by experimentation, but incubation overnight with a 
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concentration of 5 µg/mL of mitomycin C has been suggested, As 
recommended by Freshney, the treated cultures should be sub-cultured and 
plated at a high density to ensure that no replicative cells remain [ 1]. 

An extension of the use of fibroblasts as feeder cultures is the application 
of three-dimensional fibroblast cultures to support keratinocyte proliferation 
and differentiation in preparing skin substitutes [101, 102]. Application to
other epithelial tissues has been slow but should provide interesting 
experimental models, 

5.3 Tissue engineering of connective tissues other than 
dermis

With the development of tissue-engineered dermal replacements, 
attention has turned to the possibility of using similar principles for making 
other tissues such as ligament and tendon [203, 204]. It is not clear whether 
the fibroblasts that construct these tissues in vivo are so different from 
dermal fibroblasts, which are easily obtained, that interconversion is 
impossible. Several major problems need to be overcome, most notably the 
development of high mechanical strength, which is not, as yet, characteristic 
of the extracellular matrix deposited by dermal fibroblasts in vitro [205].
More complete discussion of these tissues can be found elsewhere in this 
volume.

5.4 Therapeutic and testing applications of three-
dimensional cultures 

Three-dimensional fibroblast cultures have formed the basis of several 
artificial skin devices, with or without the addition of a keratinocyte-derived 
epidermal layer, which have been employed in research, testing and 
therapeutic applications [206]. Collagen gel-based and scaffold-based three- 
dimensional cultures show quite different properties in terms of cell 
proliferation, integrin and cytokine expression [119] and need to be chosen
carefully. Scaffold-based systems without an epidermal layer have been used 
for toxicity testing, and with an epidermal layer for toxicity and corrosivity 
testing and for determining the efficiency of photoprotective agents [207-
209]. Similar systems have been developed using the collagen gel-based 
devices [118, 210, 211].

As tissue engineered equivalents of the dermis, three-dimensional 
fibroblast cultures have found application as skin grafting materials. Using 
collagen gel-based cultures, tissue bearing an epidermal layer and designed 
to closely resemble a skin graft (Apligraf®, Organogenesis, Canton, MA), 
has been FDA approved for the treatment of venous stasis ulcers and other 
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chronic wounds [212]. Scaffold-based three-dimensional cultures without a 
keratinocyte layer (TransCyteTM, Advanced Tissue Sciences, La Jolla, CA) 
have been FDA approved for the treatment of full-thickness and partial 
thickness burns [213-218], and have also been successfully applied to the 
treatment of diabetic foot ulcers (Dermagraft®, Advanced Tissue Sciences) 
[216, 219-222]. In this case, it is thought that the improvement in healing 
results from supplying non-senescent cells, angiogenic growth factors [223, 
224] and a substrate that promotes keratinocyte migration [218]. 

The extracellular matrix laid down by fibroblasts in scaffold-based three-
dimensional culture, while consisting largely of collagen, is known to 
contain fibronectin of the wound healing type, tenascin, decorin, 
thrombospondin-2, galectin-1 and other proteins [223]. It has been 
established that the response of fibroblasts to this extracellular matrix differs 
from that to collagen gels [119], and the possibility exists that this material 
may prove an interesting substrate for the culture of other cell types. 

5.5 Extracellular matrix production 

Fibroblasts in scaffold-based three-dimensional cultures produce 
substantial amounts of extracellular matrix that can be used as a source of 
human collagen and other molecules. It provides a unique biosynthetic 
source free from the possibility of viral or prion contamination that may 
occur in cadaveric sources. This approach to collagen biosynthesis has the 
advantage over recombinant techniques [225-229] in that it employs cells 
that already carry the entire, complex machinery involved in collagen 
synthesis. In the case of type I collagen, this includes genes for both the a1 
and α2 chains, hsp47 [230-233], many enzymes involved in hydroxylation
and other modifications [234, 235], secretion, cleavage of the terminal 
propeptides and deposition [236-238]. While experimental systems that 
produce recombinant collagen provide much valuable information on the 
mechanism of synthesis, assembling the entire system is a large and complex 
undertaking. By contrast, the fibroblasts have the system already optimized. 

5.6 Gene therapy applications 

Substantial attention has been paid the possibility of using fibroblasts for 
delivering gene therapy [239-241]. Although expression has been obtained 
in vivo for some weeks [242], therapeutic application of this approach will 
require careful evaluation. Fibroblasts secrete a variety of growth factors 
under the control of cellular programs [223], and it is possible that addition 
of excess growth factor by the application of genetically-modified fibroblasts 
will greatly affect in vivo processes such as wound healing [243]. It is more 
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likely that genetic modification of fibroblasts will find utility in conferring 
on the cells properties that they would not otherwise have, such as 
desiccation tolerance [244]. 

6. CONCLUSION 

Fibroblast culture has developed from the basic tissue culture system in 
which many of the fundamental techniques of the field were established to 
model systems for the exploration of such fundamental cell biological 
problems as aging and the special properties of three-dimensional culture. 
While easily grown, fibroblasts have special properties that need to be borne 
in mind when using them for routine culture purposes. In particular, human 
fibroblasts show senescence, and change in properties with time, so that care 
must be taken to ensure the use of cells at comparable passage number. The 
cultures remain among the most important model systems for study of the 
basic properties of cells and provide an important component of tissue 
engineering systems. Potential applications include development of devices 
for the treatment of acute and chronic wounds, formation of connective 
tissues other than skin and delivery of gene products from transfected cells. 
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1. INTRODUCTION 

Human adipose tissue metabolism is an important area of study, more so 
in recent times in view of the rising prevalence of obesity and its related 
disorders, including cardiovascular disease and diabetes. Understanding of 
adipose tissue metabolism in its broadest sense has been significantly 
promoted by the establishment of murine pre-adipocyte cell lines [1], and by 
robust systems for their culture and differentiation [2]. However, significant 
differences exist between these cell lines and primary human cells [3], and 
many reproducible and consistent findings obtained using the murine 
systems do not apply to human cells. 

The relatively recent development of systems for the isolation, culture 
and differentiation of human pre-adipocytes [4-6], in addition to the more 
traditional systems for culture of human adipocytes and explants, has 
allowed many observations to be made that are more relevant to human 
physiology and pathology. However, as with many primary human cell 
cultures, the human system is more difficult, costly and time-consuming than 
the murine equivalents [3]. 

It is for these reasons that careful experimental design is paramount, as is 
an understanding of the type, quality and quantity of data that can be 
obtained. Consideration also needs to be given to human-specific
characteristics that may influence experimental results or their interpretation. 
These include the great importance of the anatomical depot from which the 
adipose tissue/cells has been derived, and the understanding that the role(s) 
of leptin and the influence of brown adipose tissue (BAT) differ significantly 
between humans and rodents. 

M.R. Koller, B.O. Palsson and J.R. W. Masters (eds.), Human Cell Culture Vol V, 173–187. 
© 2001 Kluwer Academic Publishers. Printed in Great Britain. 
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1.1 Organization of human adipose tissue 

Adipose tissue is dynamic, with continuous turnover of stored 
triglyceride [7] and of adipose cells [8]. Net adipocyte triglyceride storage 
reflects the balance of lipolysis and lipogenesis (re-esterification); processes 
largely under hormonal control by insulin, corticosteroids and 
catecholamines. Adipocyte number reflects the balance of cell accumulation 
(by pre-adipocyte replication and differentiation) and cell deletion by 
apoptosis [9-12]. This latter feature has only recently been recognized, 
prompted by the discovery of pre-adipocytes and the demonstration of 
adipocyte apoptosis. It had previously been believed that there were only 
limited periods during life when acquisition of fat cells could occur, and that 
this process was irreversible [13, 14]. Therefore, adipose tissue mass reflects 
both the average size (determined predominantly by lipid content) and the 
number of adipose cells. 

Pre-adipocytes are fibroblast-like cells localized to the stromo-vascular 
space of adipose tissue [15]. Identification and culture of these cells was first 
reported by Ng et al. in 1971 [16]. More recent work indicates that these 
cells can differentiate into adipocytes, myocytes or osteoblasts, supporting 
the concept of a common stem cell from which fat, muscle and bone cells are 
derived. Isolated pre-adipocytes are capable of limited replication in vitro 
[3], with a doubling time of approximately 60-70 hours (compared to 18-20 
hours for human skin fibroblasts) (JB Prins, unpublished results). An in vitro 
system for complete differentiation of human pre-adipocytes was developed 
by Van et al. in 1978 [5], building upon earlier work reported by Poznanski 
et al [6]. The group of Ailhaud subsequently developed a serum-free system 
of pre-adipocyte differentiation in 1987 [4, 17, 18], which currently remains 
in use, with minor modifications. Human pre-adipocytes differentiate 
morphologically and accumulate intra-cytoplasmic lipid, and biochemically 
acquire protein and gene expression markers of mature adipocytes. 

Adipocytes are distinguished morphologically by their large intra- 
cytoplasmic lipid droplet. They have energy storage, endocrine and possible 
immune roles as outlined below. Despite reports to the contrary [19, 20], it is 
generally accepted that adipocytes are fully differentiated and do not divide 
[21]. Thus, acquisition of adipose cells is generally believed to occur via pre- 
adipocyte replication and differentiation. 

Adipose tissue loss occurs via reduction in intra-cytoplasmic lipid 
content (by lipolysis) and reduction in adipose cell number. The latter occurs 
via pre-adipocyte and adipocyte apoptosis, a process that is inducible in vitro 
by serum starvation [9, 12] or exposure to tumor necrosis factor (TNF) [12]. 

metabolism have been reported. These include differences in corticosteroid 
Significant anatomical depot-related differences in adipose tissue 
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[22] and catecholamine receptor number [23] and catecholamine effects [24, 
25], gene expression patterns [26], differentiation capacity [27, 28] and 
susceptibility to apoptosis [11]. Many of these differences are likely to be
clinically relevant, given the strong association between visceral obesity and 
metabolic disorders. Human adipose culture systems are a useful tool for 
exploring depot-specific characteristics of human adipose tissue. 

1.2 Adipose tissue function 

Traditionally, adipose tissue has been regarded as an energy storage 
depot and as an insulator. More recently, the role of the tissue has been 
expanded to include a major endocrine function and possibly a role in 
immunity.

In lean humans, there is approximately 100 times more stored energy in 
fat than in carbohydrate. The lipid is stored in a relatively water-free state, in 
contrast to carbohydrate which is heavily hydrated. The energy potential of 
fat is proportional to its saturation, and in mammals stored fat is maximally 
saturated, compatible with a liquid state. In lean individuals, most adipose 
tissue is stored subcutaneously. This affords considerable protection against 
heat loss and traumatic injury. The subcutaneous layer is not of uniform 
thickness, with marked gender and inter-individual differences. In females, 
more fat is distributed below the umbilicus, especially to the buttocks and 
thighs.

Adipocytes have autocrine, paracrine and endocrine functions [29, 30]. 
Inter-conversion of sex steroids occurs in adipose tissue, which is the major 
source of oestrogens in postmenopausal females and in males [15, 31]. 
Adipocytes and pre-adipocytes produce many growth factors, including 
insulin-like growth factor-1 (IGF- 1), fibroblast growth factor (FGF), and 
transforming growth factors. Cytokines are also produced by adipose cells, 
and adipose cell-derived tumor necrosis factor-α is proposed to be a
biochemical link between obesity and Type 2 diabetes [32]. The discovery 
by Friedman’s group of leptin [33], an adipose-specific peptide hormone, 
confirmed the long-held hypothesis of a feedback system from adipose tissue 
to brain enabling the “sensing” of energy stores. It is now recognized that 
leptin levels regulate fertility in addition to appetite and the physiological 
response to low weight is a low leptin-mediated hypogonadotropic 
hypogonadism [34, 35]. Finally, adipocyte secretion of three of the rate-
limiting components of the alternative complement pathway [36], Factors D 
(adipsin), B and C3, indicate a possible role in immunity. However, these 
factors are also integral to adipocyte production of acylation stimulating 
protein, suggesting the possibility of dual roles for the proteins [37]. 
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2. TISSUE PROCUREMENT AND PROCESSING 

2.1 General comments 

Adipose tissue suitable for culture may be obtained at the time of surgery 
for an unrelated cause, or by either needle or open biopsy under local 
anesthetic. Visceral adipose tissue is only practically obtainable at 
laparotomy or laparoscopy, and availability is therefore limited to clinical 
centers. Tissue may be transported in either sterile saline-based solution such 
as Ringer's, or in culture medium (DMEM/Hams F12 or M-199) containing 
10% fetal bovine serum (FBS). Small biopsies (less than 1cc) remain viable 
for long periods in serum-containing medium at 37°C, ultrastructural 
integrity is maintained for at least 14 days and pre-adipocyte isolation and 
culture has been successfully performed after 24 hours storage under these 
conditions. The methods outlined have been derived and modified from 
those described by Rodbell [38], Roncari [5], Hauner [4, 18,271, Ailhaud [3] 
and Sugihara [20]. 

2.2 Isolation of pre-adipocytes and adipocytes 

All tissue processing should be performed under as sterile conditions as 
are practicable. 
1. The adipose tissue should be dissected free of visible nerves, blood 

vessels and fibrous tissue and then diced into 2-3 mm diameter pieces. 
2. Add tissue to a collagenase digest solution (Hank's balanced salt solution 

(HBSS), 3 mg/ml Type 2 collagenase, 1.5% bovine serum albumin) and 
digested at 37°C for one hour. The ratio of digest solution to adipose 
tissue should be approximately 4:1. 

3. Spin the resultant digest at 1500 g for 5 minutes to give a floating layer of 
mature adipocytes and a pre-adipocyte-containing pellet. 

4. Gently draw off the adipocyte layer using a sterile transfer pipette and 
transfer to a sterile tube for further processing. 

5. Discard the remaining supernatant. 
6. Incubate the pellet in an erythrocyte lysis buffer (0.154 mmol/1 NH4Cl, 10 

mmol/l KHCO3, 0.1 mmol/l EDTA) for 10 minutes at room temperature.
7. Wash the remaining cells in phosphate-buffered saline (PBS, pH 7.4) 

three times. 
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3. CULTURE TECHNIQUES 

3.1 Adipose tissue explants 

Adipose tissue explants are readily cultured at 37°C under 5% CO2 in
serum-containing medium (eg DMEM/Ham’s F12 or M199 containing 10% 
FBS) for long periods without loss of viability. We have demonstrated 
ultrastructural normality and are able to obtain good quality RNA from such 
explants after up to 14 days culture. Medium should be changed every 2-3
days.

3.2 Mature adipocytes 

Human adipocytes are far less robust than their murine counterparts and 
as a result, culture is difficult and viability limited. The main difficulty arises 
from the buoyancy resulting from the high lipid content of the cells. This 
causes the cells to form a floating “cake” on the medium with sub-optimal
culture conditions for much of the cell population. Gentle agitation or 
stirring can partially alleviate the problem, but the low resistance of the cells 
to shear stresses leads to cell lysis, manifest macroscopically as free lipid 
floating above the cells. Under these conditions, cell viability is limited to a 
few hours. 

In an attempt to overcome this problem, the “ceiling culture’’ system has 
been developed by a number of groups including those of Ailhaud (personal 
communication) and Sugihara [20]. There are now many variations on the 
theme, but the basic principle is to allow the floating adipocytes to attach to 
a tissue culture-treated surface placed above them. Once attachment has 
occurred (about 24 hours) the surface can be inverted (to be right-side up) 
and culture continued as for monolayer cells such as pre-adipocytes (as 
outlined below). Practically, there is a choice of two methods. The first is to 
place the adipocytes into a T25 tissue culture flask, completely fill the flask 
with serum-containing medium and incubate the flask upside-down at 37°C 
for 24 hours to allow attachment. The second method is to inoculate a layer 
of adipocytes into a tissue culture dish containing serum-containing medium, 
and float a tissue culture treated coverslip(s) on the adipocyte layer. After 24 
hr culture, the coverslips can be carefully removed, inverted, and placed into 
a petri dish and culture medium added. 

An alternative solution is to culture the mature cells in a gel or matrix 
solution such as collagen, which allows adequate cellular nutrition. 
However, this system is expensive and difficult, and does not allow easy 
biochemical or histological assay of the cells, and therefore is little used. 
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3.3 Pre-adipocytes

The cell pellet resulting from the collagenase digest and erythrocyte lysis 
steps outlined above contains numerous cell types including pre-adipocytes, 
endothelial cells, fibroblasts and leukocytes. This cell pellet is cultured in 
serum-containing medium (as above) at 37°C under 5% CO2 for 18-24 hr to 
allow attachment. The monolayer is then washed in PBS to remove non-
attached cells, and fresh medium is added. Under these conditions, the 
majority of the attached cells are pre-adipocytes – fibroblast overgrowth is 
uncommon, presumably due to the low numbers of these cells in adipose 
tissue, and endothelial cells are more stringent than pre-adipocytes in their 
culture requirements and so rarely remain viable. 

If a confluent initial culture is required, cells should be seeded to at least 
20,000 cells per cm2. If cells are initally plated at sub-confluence, medium 
changes (with serum-containing medium) should be undertaken every three 
days. Monolayers can be sub-cultured when 80-90% confluent, but will only 
tolerate a maximum of a 1:4 split. As outlined above, the growth rate is slow, 
so meticulous technique is essential. Even so, contamination (more 
commonly fungal) is not uncommon. 

Pre-adipocytes are fibroblastic in morphology and display significant 
contact inhibition. Therefore, confluence in the true sense (100% coverage 
of the culture surface) is never achieved. Allowing cells to reach confluence 
during subculture significantly compromises the differentiation potential of 
the culture (discussed in more detail below). Therefore, the experimental aim 
should be borne in mind from an early stage. 

3.4 Pre-adipocyte differentiation 

Pre-adipocyte differentiation represents a co-ordinated process involving 
sequential alteration in patterns of gene expression, protein expression and 
function and morphological changes. Detailed understanding of the process 
in human cells is lacking, but much is known of the process in the murine 
system, and has been discussed in detail in reviews [39, 40].

There are a number of human-specific features of pre-adipocyte
differentiation that warrant early discussion, as they greatly influence 
experimental design. Firstly, in vitro human pre-adipocyte differentiation 
only occurs efficiently in the absence of serum. As such, the development of 
a serum-free chemically modified differentiation medium represented a 
major advance in human adipose cell culture [17]. Secondly, the 
differentiation potential of human pre-adipocytes is inversely proportional to 
both the time spent in serum-containing medium and to the number of 
phases of replication allowed before differentiation [4]. In addition (as 
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outlined above), allowing cells to reach confluence during subculture 
markedly limits differentiation potential. Thirdly, confluence of the pre-
adipocyte monolayer just prior to differentiation greatly improves the 
efficiency of the process. Fourthly, anatomical depot-specific differences in 
differentiation potential exist, with visceral pre-adipocytes being refractory 
under most culture conditions [4, 28]. Finally, activators of the nuclear 
hormone receptor, peroxisome proliferator-activated receptor γ (PPARγ),
promote differentiation of (particularly subcutaneous) pre-adipocytes [28]. 

The protocol for human pre-adipocyte differentiation is: 
1. Ensure the pre-adipocyte monolayer is confluent. This is achieved either 

by calculating a sufficiently dense initial plating (as outlined in Section 
3.3) or by allowing sufficient culture time in serum-containing medium 
for the cells to reach confluence. The latter consideration is important 
irrespective of previous subcultures. 

2. Remove serum-containing medium and wash three times with sterile PBS 
(pH 7.4). 

3. Add serum-free chemically modified medium (DMEM/Ham’s F12, 15 
mM NaHCO3, 15 mM HEPES, 33 µM biotin, 17 µM pantothenate, 10 
µg/d human transferrin, 0.5 µM insulin, 0.2 nM tri-iodothyronine, 0.1 
µM cortisol, 2 mM L-glutamine and antibiotics). 

4. To promote differentiation, thiazolidinedione may be added to this 
medium (e.g. 0.1 µM Rosiglitazone) [28]. 

5. Culture at 37°C under 5% CO2 in a humidified environment. 
6. Change medium every 2-3 days. 
7. Assess differentiation as outlined below, the process takes approximately 

21 days. 

4. ASSAY TECHNIQUES 

Morphologically, pre-adipocytes (prior to differentiation) are 
indistinguishable from other human primary fibroblasts, even at the 
ultrastructural level. Similarly, there are no biochemical markers unique to 
pre-adipocytes in routine use. Therefore, one has to assume that the majority 
of cells isolated as outlined in section 2.2 are pre-adipocytes. In practice, this 
assumption is a reasonable one. Furthermore, this assumption is tested 
during the differentiation process when morphological features and 
biochemical markers are assessed. 
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4.1 Morphological features of human pre-adipocyte
differentiation

Morphological changes in human pre-adipocytes are apparent within 
hours of changing the medium over the confluent monolayer to serum-free 
chemically modified differentiation medium. Cells “round up” and lose their 
fibroblastic morphology, and retain only sparse and tenuous cell-cell contact. 

As differentiation progresses, intra-cytoplasmic lipid droplets form. 
These are easily seen under phase-contrast microscopy, and stain with Oil 
red-0 or Nile red (see below). As differentiation continues, more droplets 
form such that the cytoplasm increases in size and becomes packed with 
small lipid droplets. Under these culture conditions, the lipid droplets do 
not coalesce to form a single droplet as is seen in mature adipocytes in
vivo.

A feature of the human culture system for pre-adipocyte differentiation 
is its inefficiency. Under even the best of conditions, only 60-80% of cells 
will accumulate lipid (compared with close to 100% in murine 3T3-L1
cells). Cells tend to differentiate in clumps, with those cells that are 
refractory to differentiation reverting to a more fibroblastic morphology. 
As outlined above, a number of factors may influence the differentiation 
potential of a culture, but at least in subcutaneous cells, thiazolidinedione 
appears to reverse the detrimental affect of serum exposure and 
subculturing.

4.1.1 Assays of morphological changes and lipid accumulation 

Phase contrast microscopy provides a simple means of assessing intra- 
cytoplasmic lipid accumulation, the classical morphological marker of 
differentiation. The use of an inverted microscope allows daily assessment 
of cultures and also provides a simple means of ensuring cultures are free of 
contamination. However, phase contrast microscopy is non-quantitative. 
Histological or fluorescent staining of intra-cytoplasmic triglyceride is 
straightforward and inexpensive, and may be used to quantitate lipid 
accumulation.

4.1.1.1 Oil Red-O staining 
Oil Red-O is a stain soluble in neutral lipid, giving a red-orange color 

under white light [41]. It may be used alone or counter-staining may be 
added to demonstrate nuclear and/or cytoplasmic detail. The following 
method is quick and robust and stained monolayers may be stored for long 
periods to enable later analysis, photography or comparison. The assay may 
be adapted to small well sizes. 
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1. Remove culture medium and wash cells three times in phosphate 
buffered saline (PBS, pH 7.4). 

2. Fix cells with 10% formalin in isotonic phosphate buffer for 1 hour at 
room temperature. 

3. Immerse cells in Oil red-O working solution for 2 hours at room 
temperature. The stock solution is prepared by dissolving 0.74 g Oil 
red-O in 200 mL isopropanol and mixing overnight at 4°C on 
magnetic stirrer. Stock solution is filtered and stored at 4°C. Prior to 
use, the Oil red-O working solution is prepared by mixing stock 
solution with laboratory grade water at a ratio of 3 parts stock to 2 
parts water, and leaving to stand at 4°C overnight, followed by a 
further filtration step. 

4. Rinse thoroughly with water for 1-2 minutes (care must be taken as cells 
are easily washed off surface of culture dish). 

5. Counter-stain with commercial hematoxylin for not more than 45 
seconds.

6. Rinse gently with water (as above) for 5 minutes and allow to dry. 
7. Apply drop of aqueous mounting medium and examine cells using light 

or phase contrast microscopy. 

4.1.1.2 Nile Red staining 
Nile Red is a fluorescent lipophilic dye that fluoresces with characteristic 

emmission spectra when in contact with triglyceride. Thus, it may be used in 
a fluorescence microscope to demonstrate lipid accumulation, like Oil red-O
[42-44]. It can also be used in a suspension assay for lipid quantitation 
purposes, using a spectrofluorometer. The microscopic assay can be 
performed in 96-well plates, but the suspension assay requires a minimum of 
10 cm2 of cells (e.g. one well of a 6-well plate). 

Microscopy assay 
1. Remove culture medium and wash cells three times in PBS (pH 7.4). 
2. Fix the cells at room temperature in 4% paraformaldehyde (in PBS, pH 

7.4).
3. Wash three times with PBS. 
4. Add PBS containing 1µg/ml Nile Red (stock solution is prepared in 

dimethyl sulfoxide (DMSO) to a final concentration of 1mg/ml). Mix 
and incubate at room temperature for 5-7 minutes. 

5. Wash cells three times with PBS. 
6. Examine cells under blue light (470 nm excitation). Lipid droplets will 

fluoresce bright yellow/gold. 
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Spectrofluorometric assay 
1. Remove medium and wash cells three times in PBS (pH 7.4). 
2. Add a minimal amount of trypsin-versene (e.g. 150 µ1 per well of a 6

well plate) to the cells. Incubate at 37°C for 10 minutes or until cells are 
detached from the culture plate. 

3. Add PBS containing Nile Red to a final concentration of 1 µg/ml. Mix 
and incubate at room temperature for 5-7 minutes. 

4. Measure yellow/gold fluorescence at room temperature in a 
spectrofluorometer at 488 nm excitation / 540 nm emission. 

5. Normalize results to cell number or protein concentration where 
possible. In practice, we rarely obtain sufficient cells for these 
measurements when harvesting human pre-adipocytes from areas less 
than 25 cm2. We therefore usually normalize to surface area or cell 
density (measured at OD600).

4.1.2 Biochemical assays 

Biochemical assays have the advantage of being functional. Lipoprotein 
lipase (LPL) is an enzyme whose expression occurs relatively early in pre- 
adipocyte differentiation [45]. Thus, it is widely used as an early marker. 
The assay itself, though widely reported in the earlier literature, is difficult to 
perform without wide intra- and inter-assay variability [46, 47]. It has 
therefore lost favor among most workers. Glycerol 3-phosphate 
dehydrogenase (G3PDH) is expressed much later in differentiation (JB 
Prins, unpublished results) and, along with adipsin and leptin, is a well- 
accepted late marker of differentiation. Leptin is a peptide hormone secreted 
by mature fat cells. We and others have been unable to identify intracellular 
leptin stores by either Western blotting of whole cell lysates or by 
immunofluorescence, suggesting that the peptide has a relatively rapid 
transit through the secretory pathway. Therefore, leptin secretion into the 
culture medium provides a ready means of assay. Thus, LPL or G3PDH 
activity or leptin production provide evidence of successful pre-adipocyte
isolation and differentiation. 

4.1.2.1 Glycerol-3-phosphate dehydrogenase activity 
The enzyme glycerol 3-phosphate dehydrogenase produces -glycerol

phosphate and NAD+ from dihydroxyacetone phosphate (DAP) and NADH2

to provide the glycerol backbone for triacylglycerol formation. The 
conversion of NAD+ to NADH may be measured spectrophotometrically at 
340 nm. To obtain measurable results from human adipocytes, the use of 
culture areas of 25 cm2 or above is recommended. Care should be taken to 
ensure samples are kept at 4°C at all times. 
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1. Wash cells twice with ice-cold PBS (pH 7.4). 
2. Scrape cells into ice-cold harvest solution (50 mM Tris, pH 7.5, 1 mM 

EDTA and 500 µM DTT) and transfer to pre-chilled microcentrifuge 
tubes.

3. Disrupt cells by sonication and centrifuge lysates at 12,000 g for 15 
minutes at 4°C. 

4. Assay supernatant for G3PDH enzyme activity by combining in G3PDH 
assay mixture (final concentration 100 mM triethanolamine-HCl, pH 
7.5, 2.5 mM EDTA, 50 µM DTT) and NADH (final concentration 0.24 
mM) and bring to 37°C. 

5. Initiate the reaction by adding DAP (final concentration 0.4 mM) and 
follow the A340 for at least four minutes to obtain an initial reaction rate. 

6. Assay each supernatant in duplicate with a suitable reagent blank 
containing water instead of DAP. 

7. Normalize the results to the protein content of each supernatant (which 
can be frozen and thawed). 

Results are expressed as mU/mg supernatant protein, with 1 mU of 
enzyme activity being the amount catalyzing the oxidation of 1 nmol NADH 
per minute (calculated using the nM extinction coefficient of NADH at 340 
nm as 6.22 x 10-3).

4.1.2.2 Leptin secretion 
Cells are cultured for 48 hours and the medium is then removed. Leptin 

levels are assayed using a commercially available human leptin assay kit 
(e.g. Linco radio-immunoassay). Dependent on the stage of differentiation 
and the sensitivity of the assay, monolayer areas of up to 25 cm2 may be 
necessary for reproducible results. 

4.1.3 Gene expression assays 

Expression of genes encoding early or late markers of differentiation may 
be assessed by Northern blotting, protection assays or RT-PCR. Pre-
adipocytes and adipose tissue (due to large cell size, low cell number per cm2

and the high proportion of triglyceride, respectively) provide a low yield of 
RNA. In practical terms, a confluent T75 flask of differentiated human pre-
adipocytes yields only 10-20 µg of total RNA, barely enough for one 
Northern blot. However, LPL, G3PDH and leptin mRNAs are highly 
expressed, so that stripping and re-probing the blot is possible. In contrast, 
RT-PCR only requires 0.5-1 µg RNA, but quantitative assays require 
considerably more than this. 

Total RNA may be successfully extracted using the method of 
Chomczynski and Sacchi [48], or more recent commercial kit modifications 
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(e.g. Tri-reagent or Trizol). The layer of free lipid must be pipetted off 
during the post-phenol/chloroform centrifugation step. Probe and primer 
sequences for numerous markers of differentiation are widely published. 

5. UTILITY OF THE SYSTEM 

Culture of human adipose cells enables the in vitro study of metabolic 
and growth characteristics of human adipose tissue( s) including comparisons 
of tissue from within and between individuals, and analysis of the effects of 
drugs/compounds on the above processes. Adipose characteristics amenable 
to in vitro study include: 

-
- lipogenesis
- lipolysis
- pre-adipocyte replication 
- pre-adipocyte differentiation 
- pre-adipocyte apoptosis 
- adipocyte apoptosis 
- gene expression 
-
Unfortunately, the system is inefficient and dependent on access to 

human adipose tissue. However, despite these limitations, considerable 
evidence exists confirming that in vitro findings correlate well to in vivo 
adipose tissue function. This makes more than worthwhile the effort needed 
to overcome the inherent difficulties of the system. 

We believe that human adipose culture systems remain under-utilized as 
a tool for investigation of adipose tissue biology and function, and for 
assessing the effects of drugs and other compounds. 

glucose uptake and insulin action 

protein and steroid production and metabolism 

6. SUMMARY 

Successful culture of human adipose cells is fruitful and rewarding, 
enabling safe and non-invasive assessment of human adipose tissue function. 
Given the recognition of the central role of adipose tissue in many endocrine, 
metabolic and immunological systems, including appetite control and 
glucose and lipid metabolism, well-designed in vitro studies should provide 
considerable insight into both the physiology and the patho-physiology of 
the systems. The potential for direct study of the effects of known 
compounds on adipose tissue metabolism, as well as the potential for 
development of assay systems with utility for drug discovery, is largely 
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untapped. The systems outlined above provide the opportunity to learn more 
about the normal physiology and biochemistry of human tissues. 
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Mesenchymal Stem Cells 
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1. INTRODUCTION 

Many adult mammalian tissues maintain a healthy state by continuous 
renewal involving cell turnover. In response to trauma, disease or overuse, 
the body either repairs or regenerates the tissue.These two possibilities are 
distinguished in that regeneration results in new tissue that is 
indistinguishable from the original tissue in its structural organization, 
cellular content and function, whereas repair results in a high content of 
fibroblastic tissue, scar formation, limited structural organization and 
impaired function. Certain tissues, including skin, intestine, epithelium, and 
skeletal muscle have regenerative ability owing to resident progenitor cells. 
Other regenerating tissues, such as liver, have differentiated cells that retain 
the ability to de-differentiate and re-enter a proliferating growth phase before 
differentiating once again. Many types of blood cells originate from 
hematopoietic stem cells (HSCs) present in the sinusoids of bone marrow. In 
addition to progenitor cells resident in tissues, multipotent stem cells capable 
of connective tissue regeneration reside in bone marrow. The in vitro and in
vivo study of these bone marrow-derived mesenchymal stem cells (MSCs) is 
important in developing a comprehensive understanding of the dynamic 
processes that occur in regenerating tissues and the roles that MSCs play. 

The characterization of proliferative fibroblastic marrow cells with the 
potential to differentiate has been explored from multiple species including 
mouse [1-7], guinea pig [8,9], rat [10-14], rabbit [15-20], dog [21-23], horse
[24, 25] and man [26-35 and references therein], and several reviews have 
been published [49-55]. While many of these reports suggested the stem cell 
nature of the cells under study, the characterization was often incomplete. 
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Recently, we described the isolation and characterization of a homogeneous 
(approximately 99%) population of cells from human bone marrow and 
demonstrated the differentiation of these cells to the chondrogenic, 
osteogenic and adipogenic lineages [31]. We showed that cells grown from a
single clonal cell could differentiate into these three lineages, and therefore 
described the cells as human mesenchymal stem cells (hMSCs). This chapter 
will focus on the isolation, culture and characterization of hMSCs from bone 
marrow. hMSCs are the best characterized of the mammalian species, and 
we have isolated these cells from marrow samples of more than 500 
volunteer donors. The cultivation of hMSCs permits an enhanced 
understanding of this important progenitor cell for multiple tissue types and 
the development of new therapeutic approaches to tissue regeneration. 

Bone marrow has been recognized as a source of progenitor cells for the 
hematopoietic system for many years, but the study of connective tissue 
precursors in marrow began in earnest with the culturing of attachment- 
dependent cells from bone marrow by Friedenstein, Owen and colleagues [8-
10, 18, 19]. In a series of fundamental papers, these researchers described 
the fibroblastic cells present in marrow that could be isolated by allowing 
them to attach to the culture surface and rinsing away the unattached cells. 
The attached cells were spindle-shaped initially but soon took on a 
fibroblastic appearance. The cells had a range of proliferative capacity, many 
failing to form colonies. However, the cultures expanded extensively to 
provide cells for growth and transplantation studies. The cells were denoted 
as fibroblastic colony-forming cells (FCFC), and similar cells have been 
termed bone marrow stromal cells, colony-forming units-fibroblastic (CFU- 
F), osteogenic precursor cells (OPC), and marrow progenitor cells [8]. When 
cells were implanted in diffusion chambers, subsequent histology revealed 
that bone and cartilage were derived from the implanted cells [9]. This 
suggested the presence of either an osteochondral precursor cell or a mixture 
of osteocyte and chondrocyte precursors among the implanted cells. Many 
similar implant studies were subsequently done using this implantation 
scheme with progenitor cells derived from different sources [18, 19, 35, 40]. 
More recently, it has been possible to use genetically different syngeneic 
cells, or to transduce cells with foreign DNA as a marker to distinguish the 
infused or implanted cells from host cells [2, 3, 22, 37, 44]. These previous 
studies, however, did not demonstrate the multilineage potential of 
individual cells. 

The isolation and culture of a homogeneous population of hMSCs 
from bone marrow was first accomplished by Caplan, Haynesworth and 
colleagues [26], and they prepared antibodies that proved useful in the 
characterization of the cells [41]. We have characterized and refined the 
isolation procedure to yield a reproducible and well-defined cellular 
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preparation that is typically 99% homogeneous by flow cytometric 
measurements [31]. Using these highly purified hMSCs, it is possible to 
demonstrate their potential to progress to multiple mesenchymal 
lineages by in vitro assays. Moreover, there is no indication of multiple 
differentiated lineages in these assays, and the cells attain the desired 
mature cell type within 2 to 3 weeks. Here we describe in detail the 
isolation of hMSCs from bone marrow taken from the iliac crest, and 
their directed differentiation to the adipogenic, osteogenic and 
chondrogenic lineages in vitro. The hMSCs were never seen to 
differentiate spontaneously in culture to these lineages and, under the 
described conditions, nearly all of the hMSCs acquire the desired 
phenotype without the presence of other lineages. 

Monoclonal antibodies developed against surface molecules [41] 
have proven useful to identify hMSCs during isolation and culture 
expansion, although no single antibody has been found that 
unequivocally identifies the hMSC. Antibodies to hMSCs also provide 
markers to follow during osteogenic differentiation of the cells [61]. 
Characterization of additional surface markers on hMSCs provides an 
extensive molecular profile to characterize these cells [ 3 1, 42, 431. 
hMSCs can influence nearby or distant cell populations through the 
release of factors such as leukemia inhibitory factor (LIF), stem cell 
factor (SCF), granulocyte-colony-stimulating factor (G-CSF),
interleukin-1 (IL-1), IL-6, and IL-11 [43, 44, 60]. 

A thorough discussion of the replicative potential of marrow-derived
hMSCs has been published [27], demonstrating an average potential of 38±4 
population doublings for hMSCs from adult donors. hMSCs have been 
isolated from marrow of all ages of donors, including one of 93 years (SE 
Haynesworth, personal communication). We estimate that bone marrow 
contains hMSCs at a frequency of 1:104 to 1:105, about 10 to 100-fold less 
abundant than hematopoietic stem cells. Given the ability of hMSCs to 
proliferate in vitro, a potentially therapeutic dose of 100 million hMSCs or 
more can be generated readily from a 20ml marrow aspirate from most 
individuals by passage two (see Table 2). 

2. TISSUE PROCUREMENT AND PROCESSING 

2.1 Safety from Biohazards - Universal Precautions 

Researchers should be familiar with FDA Code of Federal 
Regulations (29 CFR Chapter XVII, 7- 1-96 Edition), Occupational Safety 
and Health Administration (Labor § 1910.1030), and practice universal 
precautions when handling samples of human origin. The bone marrow 
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donors are pre-tested for HIV and hepatitis, but tests are not available for 
all pathological agents. Personal protective equipment should include a 
disposable gown, double gloves, safety glasses or shield, and face mask. 

2.2 Sources of hMSCs 

Our donor population for bone marrow has routinely consisted of healthy 
male and female volunteers, 18-45 years old. Eligibility criteria include, but 
are not limited to, negative results for HIV, hepatitis B and hepatitis C, 
weight not greater than 10% above the normal body weight for height, no 
blood or bleeding disorders or abnormal scarring tendency, and no 
prescription medications other than those deemed allowable by the 
interviewing medical professional. There should be a minimum of 8 weeks 
between bone marrow donations and participation in other donor programs. 
The bone marrow donation consists of approximately 20-30ml of bone 
marrow withdrawn from the iliac crest (top of the pelvic bone). A local 
anesthetic is injected to the area, followed by bone marrow withdrawal using 
an aspiration needle by a physician or physician’s assistant. The bone 
marrow samples are withdrawn bilaterally (10-15ml each side) from the 
back surface of each pelvic bone into syringes containing 3000 units of 
heparin. The actual bone marrow withdrawal takes about 5 to 15 minutes for 
each side. For cell isolation, bone marrow is withdrawn, thoroughly mixed 
with heparin, and may be held for up to 24 hours at room temperature before 
processing, without detrimental effects. 

2.3 Marrow Processing 

The bone marrow is washed by separating the total volume into 50ml 
centrifuge tubes at 5-7ml per tube and bringing the volume up to the 45ml 
mark with Dulbecco’ s modified phosphate buffered saline (DPBS). To 
remove fat, lysed cells and other undesired components, these tubes are 
centrifuged at 900 g for 10 minutes at room temperature. The pellets are very 
soft. Carefully remove most of the supernatant and discard. Combine the 
pellets into one tube, gently mix, and perform an initial washed cell count. 
The average cells per ml from the washed bone marrow from a normal donor 
should be about 2-4 x 107. Once a cell concentration and a total cell number 
have been calculated, the cells are carefully loaded onto a density cushion of 
1.073g/ml. Approximately 25ml of Percoll (or Ficoll or other density 
medium) solution in a 50ml disposable centrifuge tube is used with a 
maximum of 4 x 107 cells/ml and 2 x 108 cells/tube, total volume not to 
exceed 35ml. Centrifuge the density gradients with the samples at 1160 g for
30 minutes at room temperature and decelerate slowly. Once centrifuged, 
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remove the top layer of the tube(s), including the interface containing the 
nucleated cell fraction with hMSCs, without disturbing the pelleted RBCs. 
Place the nucleated cell fraction into a sterile centrifuge tube and wash the 
cells to remove the density gradient medium by adding two volumes of 
DPBS and inverting to gently mix. Then centrifuge the samples at 900 g for 5 
minutes at room temperature to pellet nucleated cells (using centrifuge 
brake). Remove and discard the supernatant, leaving only about 0.5ml on the 
cell pellet. The washed cells are resuspended in culture medium and another 
cell count performed. These cells are considered the light density cells. The 
average recovery of the light density cells from the density gradient is 28-
30%. Only about 0.1% of the isolated nucleated cells in the light density 
fraction are actually MSCs and give rise to cell colonies. The light density 
cells are plated at approximately 160,000 cells/cm2 with culture medium 
(about 0.2 ml/cm2). Culture medium consists of Dulbecco's Modified Eagles 
Medium (DMEM with 1g/l glucose) with 10% fetal bovine serum (FBS) 
from selected lots [24], and cells are maintained at 37°C, 95% humidity and 
5% CO2. The use of selected FBS lots has been important as only some lots 
(approximately 30%) of FBS maintain the proliferative and multi-lineage
potential of hMSCs. The need for serum selection may change as serum-free
medium is developed. 

These primary cultures will be kept in the same vessel for 12-16 days, 
usually 14 days, with media changes at days 2, 5, 8 and 11 (and 14 if 
necessary). At the first feeding, at day 2, the cell morphology should be 
observed. There will be a few cells that are attached and elongated. These 
appear as elongated, fibroblast-like cells and many, if not all, represent 
hMSCs. The MSCs are further enriched by selective expansion and medium 
changes that remove most of the non-attached cells such as those of the 
hematopoietic lineages. There will be many small round cells, settled and 
floating. These are described as phase bright cells and many will be 
erythrocytes. Many hematopoietic and differentiated mesenchymal cells 
require glucocorticoids and combinations of sera for a selective growth 
advantage. The MSCs appear to thrive in media lacking added 
glucocorticoids. Apoptotic or floating cells are removed with each 
subsequent medium change. No special effort is needed at this time to 
eliminate the contaminating cells other than standard medium changes. They 
will be eliminated in subsequent medium changes due to the selective nature 
of the medium. 
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Table 1. Isolation of hMSCs from bone marrow 

Average amount of marrow aspirate
Number of nucleated cells
Number of nucleated cells after density gradient
Seed into T185 flasks at 162,000/cm2

Number MSCs at end of P0 (12-16 days growth)
Seed new T185 flasks at 106/flask
Number of MSCs at end of P1

At 1 week, seed new flasks at 106/ flask 
Number MSCs at end of P2

(about 1 week after seeding)

25 ml at ~28 x 106 nucleated cells/ml
Approximately 700 x 106

Approximately 210 x 106 (~30%
recovery), average 6-7 flasks 
12 to 35 x 106 cells
(2-5 x 106 per 185 cm2 flask)
48 to 245 x 106 cells

192 to 1700 x 106 cells

The cultures are fed subsequently with fresh medium every 3 days and
observations are made, which may include cell morphologies and rough
percentages of the phase bright cells remaining. The presence of mitotic cells
and expansion of the fibroblastic elongated cells to form colonies will be 
noted. At the day 11 feeding, a decision is made as to when the cells in the
flask should be trypsinized and subcultured. The expanding cell colonies
should be subcultured between days 12-16, before the colonies begin to
merge.

3. CULTURE TECHNIQUES 

3.1 hMSC Expansion in culture 

The primary cultures are kept in the same vessel for 12-16 days (an 
average of 14 days) with periodic feedings every 3 days. When mitosis is
still evident in the rapidly growing cells, and either colonies are beginning to
merge or the cells are 75% confluent, it is time to trypsinize and subculture
the cells. Observations are recorded and photographs can be taken as part of
the record. The medium is aspirated and the attached cell layer is gently 
rinsed with DPBS to remove traces of serum that inhibits trypsin activity.
The DPBS wash is aspirated and enough trypsin/EDTA solution (0.05% and
0.53mM, respectively) is added to the vessel to cover the cell layer. The 
vessel is left at room temperature for about 3 minutes until >90% of the cells 
are rounded and beginning to lift off. Once this is observed, DMEM with 
10% FBS is added to the cell suspension at 1:1 (v/v) and gently mixed. The 
FBS contains enough endogenous protease inhibitors to prevent further 
action of the trypsin. The cells are gently washed from the surface, 
transferred into a sterile centrifuge tube, and centrifuged at ~900 g for 5 
minutes at room temperature. 

After centrifugation, the supernatant is removed and discarded. The cell 
pellet is then resuspended in culture medium and a cell count is performed 
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with the hemacytometer. The trypan blue exclusion method is used to 
determine the viability of the cell population (generally >95%). After 
trypsin/EDTA treatment to remove them from the culture vessel, hMSCs in 
suspension may be kept on ice for up to 4 hours in complete medium without 
detrimental effects. Once the total cell number has been calculated, the cells 
may be seeded into new vessels using the plating densities as described in 
Table 2. The minimum number of cells retrieved from primary cell culture is 
about 1.8 x 104/cm2.

Table 2. Cell densities and medium amounts for various cell culture vessels. 

Vessel Size Area Primary seeding Passaged seeding Volume 
(sq cm) density density (ml) 

12 well 3.8 6.2x105 2.1x104 1.5
6 well 9.6 1.6x106 5 .0x 104 2.0
35mm 9.6 1.6x106 5 .0x 1 04 2.0
1 oomm 55 9.0x106 3.0x105 10.0
T-25 25 4.0x106 1 .3x105 5.0
T-80 80 1.3x107 4.3x105 15.0
T- 185 185 3.0x107 1.0x106 35.0

The hMSCs from a primary culture that have been trypsinized and 
replated are denoted passage one (P1) for that donor. After the primary 
culture is expanded, the doubling time of a passaged culture is more rapid, 
approximately every 48-72 hours. P1 cells are cultured in the same vessel for 
6-7 days with a medium change at day 3 or 4. Cells should be harvested 
when 80-90% confluent before they begin to form a dense layer. Cultures of 
hMSCs can be expanded for up to 8-10 passages without detectable 
senescence, such as slow growth or large broad flat cells appearing in the 
culture, although there is donor to donor variability. We routinely use the 
cultured hMSC at passages 1 to 5. We have analyzed the karyotype of 
several late passage hMSC cultures (passage 12), and the samples had a 
normal karyotype at 400 band resolution. 

3.2 Freezing cultured hMSCs 

The hMSCs can be stored frozen and survive the freezing and thawing 
process. After a cell count has been performed, the cell suspension may be 
placed in the centrifuge once more and centrifuged at 900 g for 5 minutes at 
room temperature. The supernatant is discarded and the cells are quickly 
resuspended to a known concentration in freezing medium, 90% FBS and 
10% DMSO. Aliquot cells to cryovials as soon as resuspended in freezing 
medium, as the DMSO can be cytotoxic. The vials are placed in a cell 
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freezing container (Nalgene) with isopropanol (at room temperature) and 
placed at –80°C overnight. The vials are then transferred to a –150°C vapor 
phase nitrogen freezer. We have kept hMSCs at –150°C for 2 years or longer 
with greater than 95% viability. 

4. ASSAY TECHNIQUES 

The cultured mesenchymal stem cells can be analyzed for 
multipotentiality in vitro and in vivo, although no single assay can be used 
unequivocally to define an hMSC. We use a variety of in vitro assays to 
analyze the hMSCs as described below. The homogeneity of the cultures is 
tested by flow cytometry. A consistent set of antigens representing several 
classes of surface molecules are found on the hMSCs including growth 
factor receptors, cell adhesion molecules, integrins and cytokine receptors 
(see Table 3). We have not found a surface marker whose presence alone is 
sufficient to distinguish MSCs, but flow cytometric analysis of multiple cell 
surface molecules serves as an assessment of the homogeneity of the 
cultured cells. Routinely, the hMSCs are assayed for the presence of several 
MSC surface markers such as those defined by antibodies SH-2 [59] and 
SH-3 (American Type Culture Collection accession numbers HB 10743 and 
HB 10744 respectively), CD29 and CD44. The cultures are also tested for 
surface molecules found on HSCs or other cells of hematopoietic origin to 
show these cells are no longer present in the cultures. This is readily done 
using antibodies to CD14, CD34, or CD45, or others that are not found on 
cultured hMSCs [31]. 

4.1 Flow Cytometry 

For flow cytometry, the cells are harvested routinely from the tissue 
culture flasks by treatment with 0.05% (w/v) trypsin and 25mM EDTA in 
PBS. The cells, in solution at a concentration of 0.5 x 106 cells/ml, are 
stained for 20 minutes using an empirically determined amount of each 
antibody, generally using 10 to 20µl. Labeled cells are washed thoroughly
with two volumes of PBS and fixed in Flow Buffer (1 % paraformaldehyde, 
0.1% sodium azide, and 0.5% bovine serum albumin in PBS). We analyze 
labeled hMSCs on a FACS Caliber or FACS Vantage (Becton Dickinson) by 
collecting 10,000 events using the Cell Quest software program. By the end 
of P1, the hMSCs are routinely 98% or more pure by flow cytometry for 
surface molecules. 



Table 3. Flow Cytometry Characterization of

PRESENT

FACTOR RECEPTORS 

TNFIR CD 120a 
TNFIIR CD 120b 
TGFβIR
TGFβIIR
bFGFR
PDGFR CD140a
Transferrin CD71 

INTEGRINS
α1 CD49a
α2 CD49b
α3 CD49c
α5 CD49e
α6 CD49f
αv CD51

CD29
CD6 1 
CD104

IFNγR CDw119

β1
β3
β4

HEMATOPOIETIC MARKERS 

CYTOKINE RECEPTORS 
IL-1R CD121a 
IL-3Rα CD 123 
IL-4R CDw124 
IL-7R CDw 127 
IL-6R CD 126 

MATRIX MOLECULES 
ICAM-1 CD54 
ICAM-2 CD 102
VCAM-1 CD 106
L-Selectin CD62L
LFA-3 CD58
ALCAM CD 166
Hyaluronate Rec CD44 
Endoglin CD 105

Human Mesenchymal Stem Cells 

ABSENT

EGFR-3
Fas ligand CD95 
T4 CD4 

α4 CD49d
αL CD1la
β2 CD18

T4 CD4
Mo2 CD14

CD34
Leukocyte Antigen CD45

IL-2R CD25
CD9
Thy-1  CD90 

ICAM-3 CD50
E-Selectin CD62E
P-Selectin CD62P
PECAM- 1 CD31
vW Factor 
Cadherin 5 
Lewisx CD15
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4.2 In vitro Differentiation Assays 

Methods have been developed for the in vitro differentiation of cultured 
hMSCs to adipogenic [31], chondrogenic [29-32] or osteogenic [26, 27, 28] 
lineages. We have compared the differentiation potential of hMSCs to strains 
of human fibroblasts in these differentiation assays, and the fibroblasts failed 
to differentiate [31]. These conditions, therefore, do not force differentiation
of other mesenchymal cell types, but do allow hMSCs to express their 
inherent multi-lineage potential. The conditions described below do not 
produce mixtures of differentiated cell types, but rather they lead to a high 
proportion of the hMSCs achieving the desired phenotype. The presence of 
other cell types can be tested by RT-PCR for gene products of other lineages 
as described [31]. Whether the hMSCs cultured in each of our differentiation
conditions produce secreted factors essential for lineage progression is 
unclear. While many classes of purified molecules are likely to have effects 
on hMSCs, such factors do not appear necessary as exogenous additives for 
either commitment or differentiation. Such factors may include members of 
the TGF-β superfamily, including growth and differentiation factors (GDFs), 
bone morphogenetic proteins (BMPs) and cartilage-derived morphogenetic 
proteins (CDMPs). 

4.2.1 Adipogenic Differentiation 

To induce adipogenic differentiation, hMSCs are cultured as 
monolayers in DMEM (1.0g/1 glucose) containing 10% FBS and antibiotics 
and are allowed to become confluent [31]. The cells are cultured for 3-7 days 
past confluency, and then adipogenic induction medium is added. This 
medium (MDI+I medium) contains 1µM dexamethasone and 0.5mM 
methyl-isobutylxanthine, 10µg/ml insulin, 100µM indomethacin and 10% 
FBS in DMEM (4.5g/l glucose). The hMSCs are incubated in this medium 
for 48-72 hours at 37°C with 5% CO2. The medium is then changed to 
adipogenic maintenance medium (AM medium) containing 1 0µg/ml insulin 
and 10% FBS in DMEM (4.5g/l glucose) for 24 hours. The hMSCs are then 
retreated with MDI (or MDI+I) for a second treatment. This is repeated once 
more for a total of three MDI+I treatments. The cultures are normally 
maintained in AM for an additional week to allow accumulation of lipid 
prior to fixation. AM medium is routinely changed every 3 days. Lipid 
vacuoles are first detectable microscopically within the cells within 48 hours 
of the first MDI treatment. These lipid vacuoles enlarge over time and 
become apparent through the light microscope. The cells can also be stained 
with the lipophilic dyes Oil Red-O or Nile Red. Nile Red has the advantage 
that it is fluorescent and the degree of differentiation and lipid accumulation 
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can be quantitatively measured with a fluorescence plate reader [31].
Staining with Nile Red does not limit the ability to subsequently stain with 
Oil Red-O for histological visualization. We have maintained adipocytic
hMSC cultures for up to three months, and the cells were maintained as 
mature adipocytes with a single large lipid vacuole that displaces the nucleus 
to the side. 

4.2.2 Chondrogenic Differentiation 

Chondrogenic differentiation of hMSCs is induced by placing 2.5 x 105

hMSCs into defined chondrogenic medium and subjecting them to gentle 
centrifugation (800 g for 5 minutes) in a 15ml conical polypropylene tube, 
where they consolidate into a cell mass or pellet within 24 hours [16, 29-32].
Chondrogenic medium (CM) consists of high glucose (4.5g/l) DMEM 
supplemented with 6.25µg/ml insulin, 6.2µg/ml transferrin, 6.25µg/ml 
selenous acid, 5.33µg/ml linoleic acid, 1.25mg/ml bovine serum albumin 
(ITS+, Collaborative Research, Cambridge, MA), 0. 1µM dexamethasone, 
10ng/ml TGF-β3 50µg/ml ascorbate 2-phosphate, 2mM pyruvate and 
antibiotics. TGF-β3 is prepared fresh from lyophilized powder, and CM in
cultures is routinely replaced every third day. The chondrogenic cell pellets 
often increase in size 2-3 fold over 3 weeks. At harvest, the samples are 
fixed in 4% formaldehyde, then embedded in OCT freezing medium, and 
sections cut and analyzed. Extracellular matrix molecules such as type II 
collagen and aggrecan can be detected by immunohistochemical methods 
[30, 58]. Sections of chondrogenic samples can also be stained with Safranin 
O to detect the accumulation of proteoglycans [29, 30]. Little differentiation
occurs during the first week in chondrogenic medium, although some gene 
products are detected by RT-PCR and some Safranin O staining may be
evident. At 7-14 days, sections are partially positive for chondrogenic 
hMSCs, with Safranin O or collagen II antibodies, and staining then 
increases at later times. 

4.2.3 Osteogenic Differentiation 

To promote osteogenic differentiation of hMSCs, 3 x 104 cells are 
seeded into 35mm dishes in DMEM with 10% FBS to produce subconfluent, 
monolayer cultures [31, 39]. After 24 hours, this medium is replaced with 
the same medium containing osteogenic supplements (OS, consisting of 
50µM ascorbate 2-phosphate, 10mM β-glycerol phosphate, and 100nM
dexamethasone). Medium is replaced every three days. Increases in alkaline 
phosphatase activity are seen at 4 days, with activity peaking at 7-10 days 
and then slowly decreasing. Alkaline phosphatase activity is measured 
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following the manufacturer’s recommendations, and cells may be fixed, 
stained and photographed (kit # 85, Sigma Chemical, St. Louis, MO). 
Calcium deposition is examined by the von Kossa stain and through a 
quantitative measurement of calcium deposition following the 
manufacturer’s protocol (kit #587, Sigma Chemical). 

Figure 1. Differentiation of hMSCs to adipocytes, chondrocytes, and osteoblasts. A phase 
microscopy image of undifferentiated hMSCs is shown in panel A. Using the described 
conditions, the hMSCs will differentiate over 2-3 weeks to produce either adipocytes (B), 
chondrocytes (C) or osteoblasts (D). The adipocytes have been stained with oil red-O (which 
stains lipid vacuoles) and counter-stained with hematoxylin. The section of a cell pellet 
showing differentiated chondrocytes was stained with an antibody against type II collagen, 
and counter-stained with hematoxylin. The positive localization of type II collagen was 
revealed by the immunoperoxidase reaction product (brown). The nodules of aggregated 
osteoblastic cells have been stained for alkaline phosphatase (red) and mineral deposition 
(black: von Kossa silver stain). Bar equals 100 microns. 

4.2.3 Stroma: support of hematopoiesis 

The hMSCs in culture produce cytokines and hematopoietic growth 
factors, including IL-6, IL-7, IL-8, IL-11, IL-12, IL-14, LIF, SCF, flt-3
ligand (FL) and macrophage-colony-stimulating factor (M-CSF) [42-44, 60]. 
To test hMSCs for their ability to support hematopoiesis in vitro, hMSCs are 
plated at 0.5 x 105 cells/cm2 and cultured overnight at 37°C in 95% air and 
5% CO2. The hMSCs may be irradiated to prevent proliferation if desired, 
but it is not necessary as they become contact inhibited at confluency. For 
irradiation, hMSCs (1 x 106 cells/ml) are suspended in MSC medium and 
gamma irradiated with 1,600 rad. CD34+ hematopoietic stem cells (HSC) are 
obtained from vendors or purified from healthy human bone marrow by 
immunoaffinity using an anti-CD34 antibody (Dynal). HSCs are resuspended 
at 5 x 104/ml in -MEM-based medium containing 12.5% (v/v) horse serum, 
12.5% (v/v) FBS, 0.2mM inositol, 20mM folic acid, 10-4M 2-
mercaptoethanol (MyeloCult 5100, Stem Cell Technologies), and plated 
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onto monolayers of hMSCs. The cells are co-cultured for 5 weeks at a lower 
temperature of 33°C in 95% air and 5% CO2 in the absence of added
exogenous cytokines and growth factors. Every 3 days, half of the culture 
medium is gently removed to minimize loss of non-adherent cells, and 
replaced with an equal volume of fresh medium. At the end of the co-culture
period, non-adherent HSC-derived cells are collected from the medium by 
centrifugation and counted. Any adherent HSC-derived cells are recovered 
by trypsin/EDTA treatment. Aliquots of HSC-derived cells are used for flow 
cytometry to determine the expression of hematopoietic lineage-specific 
surface markers. In addition, the cells from each fraction are tested for their 
colony-forming unit potential as follows.The cultured HSCs are resuspended 
at 0.5 x 105/ml, and 0.3ml of the suspension is added to 2.7ml of 
methylcellulose medium containing IMDM with 30% FBS, 1% bovine 
serum albumin, 100µM 2-mercaptoethanol, 2mM L-glutamine, 50ng/ml 
rhSCF, 20ng/ml granulocyte/macrophage-colony-stimulating factor (GM- 
CSF), 20ng/ml rhIL-3, 20ng/ml rhIL-6, 20ng/ml rhG-CSF, and 3U/ml 
rhEPO, (MyeloCult 4435, Stem Cell Technologies), and plated in duplicate 
into 35mm dishes. The HSCs are incubated at 37°C in 95% air and 5% CO2.
After 2 weeks, colonies derived from HSCs composed of >50 cells are 
scored, and the numbers from both fractions are combined for statistical 
analysis. The colonies will be of several types: BFU-E, CFU-F, CFU-GM 
and CFU-GEMM. 

4.2.5 Early and Late Passage hMSCs 

The assays described here are routinely performed using hMSCs at 
passage 1 to passage 5 and significant differentiation to each of the lineages 
is seen. At passages as late as 12 (approximately 30 billion-fold expansion), 
hMSCs underwent adipogenic differentiation similar to that seen at passage 
4 (Beck and Pittenger, unpublished). A detailed study of hMSC osteogenic 
differentiation has been published [27], showing a gradual decline in 
response to OS by hMSCs beyond passage 8. The greatest decline in 
differentiation of hMSCs appeared to be the chondrogenic lineage, where 
beyond passage 5 chondrogenesis was not as robust as earlier passages. The 
abatement of chondrogenic potential was never accompanied by an increased 
propensity for one of the other lineages. One possibility is that the expansion 
culture conditions are not ideal for this lineage and that as hMSCs are 
expanded many-fold, they lose some lineage potential. Such loss of potential 
is not morphologically obvious nor discernible by flow cytometry. It is likely 
that further work with late passage hMSCs will improve the conditions 
necessary to maintain their multi-lineage potential at late passages. In 
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additional studies, hMSCs retained their characteristic surface molecules 
through passage 12, when analyzed by flow cytometry. 

4.3 In vivo Differentiation Assays 

hMSCs can be tested for their ability to differentiate to lineages by 
implanting the cells into host animals. We have used the formation of bone 
and cartilage by hMSCs seeded onto ceramic cubes and implanted 
subcutaneously into athymic mice to assay FBS lots to be used for hMSC 
culture [46]. The potential of the cells to form bone and cartilage when 
placed in diffusion chambers and implanted in ectopic sites has also been 
useful in demonstrating some characteristics of hMSCs [18, 19, 35, 40]. The 
osteogenic potential of hMSCs at a site of bone repair in vivo has been 
evaluated in athymic rats [14], and a study of autologous MSC regeneration 
of a bone resection in a canine model [23] has demonstrated the potential of 
MSCs for therapeutic use. Similarly, results have been presented on the 
implantation of MSCs into the defects of articular cartilage of animal models 
[17], and this approach holds much therapeutic promise. 

5. UTILITY OF THE SYSTEM 

MSCs have enormous potential to aid the research community. MSCs 
have the advantage of extensive proliferation and expansion in culture, 
unlike many primary differentiated cells. The limitation of hMSCs is that 
they are not immortal and therefore become senescent at late passage. It is 
necessary, consequently, to re-isolate new primary cultures of hMSCs 
routinely. The availability of a commercial source of hMSCs (Clonetics/ 
Poietics Div. of BioWhittaker, Walkersville, MD) for research use will 
facilitate this process. However, researchers should replicate experiments on 
independent isolates of MSCs from multiple donors. Results should be 
validated for MSCs derived from both genders of different ages, and any 
specific findings related to age or gender will be of considerable interest. 
Age and gender are important parameters in considering models for certain 
degenerative diseases, such as osteoporosis. 

The hMSCs are normal, diploid human cells, which are not transformed 
by oncogenes or viruses, as are many cell lines and other model systems. 
This feature permits hMSCs to be used to study signal transduction and gene 
regulation without the limits imposed by transformed cell lines. For 
example, growth control and transcriptional activation can be studied 
without the presence of SV40 large T antigen, adenovirus E1A, activated 
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Ras, or other immortalizing protein. While this is true of other primary cells 
in culture, they often show limited ability to grow and divide. 

Screening of compounds using hMSCs can contribute to pharma-
ceutical development. The multiple pathways of hMSC differentiation offer 
the opportunity to identify genes important in these pathways and 
compounds that modulate such genes or their products. New activities of 
compounds might be discovered in an unexpected pathway. For example, a 
compound developed for bone metabolism could be linked to cartilage, fat, 
or other tissue types early in the research and development process. hMSCs 
also represent a convenient and rapid way to evaluate the toxicity and 
potency of compounds on normal human cells, and the ability of the hMSCs 
to differentiate to multiple lineages allows different tissue types to be 
evaluated. Unexpected side effects of new drug candidates may be avoided 
prior to launching full-scale toxicity testing in animals. 

Functional genomics has received much attention recently as a means 
to produce new therapeutic targets for drug discovery. hMSCs can assist 
researchers in this effort, as the role of genes identified through genomics 
and bioinformatics can be tested quickly and easily, for safety and efficacy, 
in a particular functional differentiation pathway. This is an extraordinary 
advantage of time and cost over transgenic, knock-out, or knock-in mice to 
evaluate phenotypic changes. Rapid screening of gene activities using the 
hMSCs and their mesenchymal lineages may provide new insights into the 
function of genes within desired areas of development. 

6. CONCLUDING REMARKS

While much remains to be learned about the role of hMSCs in tissue 
regeneration, their ability to grow clonally and to differentiate into multiple 
cell types in vitro establishes their stem cell nature. Basal nutrients, cell 
density, spatial organization and mechanical forces, as well as growth factors 
and cytokines, appear to have profound influences on differentiation of 
hMSCs. Upon initial isolation, the hMSCs from bone marrow are not in log 
phase growth and establish detectable colonies slowly. Whether this is due to 
the crisis of dealing with a new environment, a lack of necessary growth 
factors, cell-matrix or cell-cell interactions is unclear. For instance, as the 
hMSCs proliferate in culture, there is a concurrent loss of cells of the 
hematopoietic lineage, such as macrophages, monocytes, platelets, 
erythrocytes and HSCs. Do these cells provide factors to hMSCs? The 
cultivation of hMSCs will allow an enhanced understanding of this 
important progenitor of multiple tissue types, and the possibility of new 
therapeutic modalities based on in vitro expanded autologous cells. The 
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ability of hMSCs to respond to appropriate signals is certain to be important 
for commitment, proper functional differentiation and integration with 
surrounding tissues [62]. Until detailed in vivo cell characterization is 
available, there will always remain some question as to whether the hMSCs 
isolated following the in vitro proliferative growth phase are identical to 
those found in undisturbed marrow. Nevertheless, the hMSCs isolated from 
marrow represent a renewable source of stem cells for multiple 
mesenchymal lineages, and much insight will be gained as research on them 
continues. By understanding the relationship between in vitro assays and in
vivo implantation results, we may hope to understand the biology of these 
adult mesenchymal stem cells and develop therapeutic uses for marrow- 
derived human MSCs. 
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1. INTRODUCTION 

Connective tissue fibroblasts are a quiescent cell population that under 
normal circumstances remain sparsely-distributed throughout the 
extracellular matrix [1]. As a consequence of injury, fibroblasts enter and 
proliferate within the injured site [2]. The precise origin of the fibroblast-like
cells within wounds has been controversial since the original microscopic 
studies of developing connective tissue performed by Paget in 1863 [3, 4]. 
That wound fibroblasts appeared by migration from adjacent tissue was 
supported by experiments showing the apparent ingrowth of fibroblasts from 
local areas, and by the observation that India ink-tagged monocytes failed to 
develop into tissue fibroblasts in vivo [4, 5]. Other studies, however, reported 
evidence for the differentiation of leukocytes into fibroblasts within 
subcutaneous diffusion chambers, and the apparent in vitro transformation of 
peripheral blood mononuclear cells into collagen-producing cells [6, 7]. 

Several years ago, investigations into the cell population present in 
experimentally-implanted subcutaneous wound chambers led to the 
discovery of an adherent, proliferating cell type that displayed fibroblast 
properties yet expressed distinct hematopoietic/leukocyte cell surface 
markers [8]. Wound chambers consist of short lengths of sponge-filled,
silastic tubing and are a frequently employed model for the study of tissue 
reparative responses in vivo. Implantation of these chambers into the 
subcutaneous space of mice results in a rapid infiltration of peripheral blood 
inflammatory cells, including neutrophils, monocytes, and lymphocytes 
[9, 10]. Large numbers of adherent, spindle-shaped cells that resemble 
fibroblasts were unexpectedly observed to infiltrate wound chambers soon 
after implantation, and coincidentally with the appearance of circulating 
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inflammatory cells. Double immunofluorescence studies showed that within 
24 hours of implantation, as many as 10-15% of the cells present in wound 
chamber fluid stain positively both for Type I collagen and CD34 [8]. At the 
time, the cell surface marker CD34 was considered to be expressed 
exclusively by hematopoietic stem cells, and the combination of CD34 and 
collagen had not previously been described in any cell type. These studies 
suggested the presence in wounds of a previously uncharacterized cell type 
displaying fibroblast-like features, but expressing markers for bone marrow- 
derived cells. Follow-up immunohistochemical analysis of wound chambers 
that had been implanted in mice confirmed the presence of CD34+ spindle-
shaped cells in areas of collagen matrix deposition. These cells also were 
identified to be present in areas of scarring [8]. 

More detailed investigations have since demonstrated that peripheral 
blood fibrocytes comprise 0.1-0.5% of circulating leukocytes (J. Chesney, 
unpublished observations ). Fibrocytes obtained from blood constitutively 
express in culture the fibroblast products collagen I, collagen III, and 
fibronectin, as well as the leukocyte common antigen CD45RO, the pan- 
myeloid antigen CD13 and the hematopoietic stem cell antigen CD34 [8]. 
Fibrocytes do not synthesize epithelial (cytokeratin), endothelial (von 
Willebrand factor VIII-related protein), or smooth muscle (α-actin) cell
markers, and are negative for non-specific esterases as well as the 
monocyte/macrophage-specific marker, CD 16 [8]. Fibrocytes also do not 
express proteins produced by dendritic cells or their precursors (CD25, 
CD10, and CD38) or the pan-B cell antigen CD19 [8, 11-13]. Scanning 
electron microscopy has shown these cells to be morphologically distinct 
from blood-borne leukocytes, and to display unique cytoplasmic extensions 
intermediate in size between microvilli and pseudopodia (Figure 1). Of note, 
studies employing sex-mismatched bone marrow chimeric mice and 
sensitive DNA amplification techniques for the male-specific SRY gene have 
demonstrated that peripheral blood fibrocytes arise from either a 
radioresistant, bone marrow progenitor cell population or from other host 
tissue sources [8]. 

Given that fibrocytes rapidly enter sites of tissue injury, it is not 
surprising that these cells produce a variety of cytokines that serve to 
coordinate the successive inflammatory and reparative responses. DNA 
amplification analysis of mRNA obtained from fibrocytes in wound 
chambers has shown that these cells are an especially abundant source of 
growth factors, cytokines, and matrix components [ 14]. Fibrocytes express 
high levels of mRNA for the fibrogenic growth factors, platelet-derived
growth factor-A (PDGF-A) and transforming growth factor-ß1 (TGF-ß 1), 
the hematopoietic growth factor macrophage-colony-stimulating factor (M-
CSF), and the chemokines macrophage inflammatory protein- lα (MIP- lα)
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and MIP-2. Fibrocytes also express low but detectable levels of mRNA for 
the pro-inflammatory cytokines, interleukin-1α (IL-1α) and tumor necrosis 
factor-α (TNF-α). Finally, among the various cell populations present in 
wound chambers, only fibrocytes express mRNA for Type I collagen. 

Figure 1. Scanning electron micrograph of a peripheral blood fibrocyte. 

Recent studies suggest that fibrocyte collagen production is tightly 
regulated in the context of the inflammation and wound healing responses. 
For instance, the addition of the critical wound healing mediator IL-1ß to 
fibrocytes in culture suppresses Type I collagen production [ 14]. Conversely, 
IL-1ß induces fibrocyte secretion of the inflammatory chemokines MIP-1α,
MIP-1β monocyte chemoattractant protein-1 (MCP-1), IL-8, and GROα,
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the hematopoietic growth factors IL-6 and M-CSF, and the fibrogenic 
cytokines TGF-ß1 and TNF- α. IL-1ß may function to maintain peripheral 
blood fibrocytes in a pro-inflammatory state early in tissue repair, resulting 
in the increased production of molecules that recruit and expand the 
inflammatory cell population within the wound environment. 

The skin is a vital barrier to infection or tissue invasion and plays a major 
role in host immunity [15]. When injured by physical trauma, burns, or 
vascular insufficiency, the skin can become a significant portal of entry for 
pathogenic microorganisms. Resident antigen-presenting cells (APCs), such 
as the Langerhans cell, initiate antigen-specific immune responses by 
processing and presenting microbial antigens to CD4+ T cells via a class II 
major histocompatibility complex (MHC)-dependent pathway [16]. 
Recently, human peripheral blood fibrocytes were found to express each of 
the known surface components that are required for antigen presentation, 
including class II MHC molecules (HLA-DP, -DQ, and -DR), the co- 
stimulatory molecules CD80 and CD86, and the adhesion molecules CD11a, 
CD54, and CD58 [17]. Human fibrocytes also were found to be able to 
induce APC-dependent T cell proliferation when cultured with specific 
antigen. This proliferative activity was significantly higher than that induced 
by monocytes, and nearly as high as that induced by purified dendritic cells. 
Mouse fibrocytes also express the surface components required for antigen 
presentation (I-A, I-E, CD11a, CD54, and CD86), and function as potent 
APCs in vitro. In addition, mouse fibrocytes pulsed in vitro with antigen and 
delivered to a site of cutaneous injury were found to migrate to proximal 
lymph nodes and specifically to prime naive T cells. These studies suggest 
that fibrocytes may play an early and important role in the initiation of 
antigen-specific immunity. 

The constitutive expression by fibrocytes of the surface proteins known 
to be necessary for antigen presentation contrasts with what has been 
described for tissue fibroblasts which require activation by interferon- 
gamma to express measurable quantities of HLA-DR [18]. Although several 
tissue-derived cells have been shown to be capable of presenting antigen to 
memory T cells, including dermal fibroblasts, endothelial cells, and 
melanocytes [18-20], the sensitization of naive T cells has been considered 
to be a particular function of dendritic cells [21-22]. Fibrocytes are distinct 
from dendritic cells and their precursors in their growth properties. for 
example, fibrocytes are an adherent, proliferating cell population whereas 
dendritic cells are non-adhering and poorly proliferating. They also differ in 
their surface protein expression (collagen+/CD13+/CD34+/CD25–/CD10–/CD38–).
That fibrocytes also have a specialized and potent antigen presentation 
activity suggests that they may play a critical role in the initiation of 
immunity during tissue injury and repair. 
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The ability of fibrocytes to both recruit and activate T cells, and to 
secrete Type I collagen, suggests that these cells may play a critical role in 
certain connective tissue disorders. We hypothesize that a persistent 
fibrocyte:T cell activation response may lead to pathologically significant 
fibrosis in a variety of disease states. We recently examined fibrocyte 
function in Schistosomiasis, a parasitic disease characterized by a fibrosing, 
T cell-mediated reaction directed against parasite eggs that become 
entrapped in the hepatic and pulmonary circulations [23]. 
Immunohistochemical studies of livers obtained from Schistosome
japonicum-infected mice have shown that numerous spindle-shaped CD34+

cells co-localize to areas of connective tissue matrix deposition [14]. These
data are the first to suggest that fibrocytes contribute to fibrotic pathology. 
Fibrocytes also may participate in the generation of excessive fibroses 
associated with various autoimmune disorders involving a persistent T cell 
activation, such as scleroderma or graft-versus-host disease. 

2. TISSUE PROCUREMENT AND PROCESSING 

Peripheral blood fibrocytes are readily harvested from the mononuclear 
cell fraction of whole blood. Procurement initially requires standard 
phlebotomy technique. Sterilize the skin overlying a target vein with 70% 
ethanol, place a tourniquet proximally, and puncture the target vein with a 18 
to 21 gauge needle. Next, aspirate whole blood into a 60 ml syringe anti- 
coagulated with heparin sulfate and dilute 1:1 with sterile PBS. The 
mononuclear cell population is then fractionated by Ficoll-Paque gradient 
centrifugation. Under sterile conditions, place 30 ml of the diluted, 
heparinized blood into 50 ml conical centrifuge tubes, and slowly layer 
Ficoll-Paque solution (Pharmacia, Uppsala, Sweden) underneath the 
PBS/blood mixture by placing the tip of a pipet loaded with 12.5 ml Ficoll- 
Paque at the bottom of the conical tube. Disruption of the blood/Ficoll-Paque 
interface can be minimized by ejecting the solution slowly and evenly. 
Centrifuge the two phase samples for 30 minutes at 400 g, 25°C with no 
brake. Using a sterile pipet, collect the mononuclear cell layer from the 
interface between the two phases and transfer it to another 50 ml conical 
centrifuge tube. Wash the mononuclear cells with excess PBS and centrifuge 
at 100 g for 10 minutes at 18-20°C. Aspirate the supernatant, resuspend the 
cells in PBS, and repeat the wash once to remove contaminating platelets. 
Resuspend the washed cell pellets in DMEM (Life Technologies, 
Gaithersburg, MD) supplemented with 20% fetal bovine serum (FBS) 
(Hyclone Labs, Logan, UT), and determine the concentration of the resultant 
cell suspension with a hemacytometer. 
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3. CULTURE TECHNIQUES 

Peripheral blood fibrocytes differentiate from precursor mononuclear 
cells during long-term in vitro culture [8, 14, 17]. Load 2 ml of mononuclear 
cells suspended in DMEM supplemented with 20% FBS (2.5 x 106 cells/ml)
into each well of a 6-well fibronectin- or collagen Type I–coated plate 
(Biocoat Human Cellware, Bedford, MA) and incubate at 37°C in 5% CO2.
After 24 hours of culture, gently aspirate the medium and replenish with pre- 
warmed DMEM supplemented with 20% FBS (Figure 2). Within 7-14 days 
of culture, a population of adherent, spindle-shaped cells will begin to 
differentiate and proliferate (Figure 3). After the fibrocytes reach about 75% 
confluency, gently aspirate the nonadherent cells and wash the adherent 
fibrocytes twice with 25°C PBS. Peripheral blood fibrocytes can be 
harvested by incubation in either ice-cold 0.05% EDTA in PBS, or 
commercially available trypsin-EDTA mixtures (Gibco). 

Figure 2. Isolation of peripheral blood fibrocytes. 

Purity of the peripheral blood fibrocyte harvest can be increased from 
about 70-75% to more than 95% by immunomagnetic depletion of 
contaminating cell populations. This is accomplished with Dynabead 
magnetizable polystyrene beads (Dynal, Oslo, Norway) that are coated with 
primary monoclonal antibodies specific for T cells, monocytes, or B cells. 
Following the manufacturer’s protocol, treat the fibrocyte preparation 
serially with conjugated beads that are specific for contaminating T cells 
(Dynabeads M-450 pan-T, αCD2), monocytes (Dynabeads M-450 αCD14),
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and then B cells (Dynabeads M-450 Pan-B, αCD19). For each depletion, 
resuspend the fibrocytes to 0.5 x 107 cells/ml in PBS/2% FBS, add 1x107

beads/ml, and incubate for 30 minutes at 4°C on an apparatus that both tilts 
and rotates, After 30 minutes, add PBS/2% FBS to the cell-bead mixture to 
obtain a total volume of 10 ml, and then place in a Dynal magnet to remove 
the rosetted, contaminating cells. Wash the resultant purified fibrocytes 
twice in PBS and count with a hematocytometer. 

Figure 3. Photomicrograph of a peripheral blood fibrocyte culture after incubation for 10 days 
on a fibronectin-coated plate. 

4. ASSAY TECHNIQUES 

To verify that cultures of fibrocytes purified from human blood are 
homogeneous, the suspended cells are examined by flow cytometry for the 
coexpression of Type I collagen and CD34, a phenotype unique to fibrocytes 
[8]. Typical peripheral blood fibrocyte preparations are about 70% pure, and 
after negative immunoselection of T cells, monocytes, and B cells, the purity 
increases to more than 95% (Figure 4). 
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Figure 4. Type I collagen and CD34 co-expression by peripheral blood fibrocytes. 
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Wash 2 x 105 purified fibrocytes/sample twice in PBS containing 0.1% 
sodium azide (Sigma) and 1% bovine serum albumin (Sigma). Then 
resuspend the cells in 25 µl of diluted antibody (in PBS) and incubate for 30 
minutes on ice. Wash the cells twice and resuspend in 200 µl of PBS.
Analyze at least 10,000 cells/sample on a FACScan instrument (Becton 
Dickinson). Stain the cells with both a phycoerythrin-conjugated anti-CD34
mAb (clone 8G12) (Becton Dickinson) and a fluorescein-conjugated anti- 
collagen I mAb (clone MAB 1340) (Chemicon, Temecula, CA). For controls, 
directly-conjugated isotype controls and cell only samples should be 
analyzed with each antibody. 

5. UTILITY OF SYSTEM 

Prior studies have demonstrated that fibrocytes rapidly enter sites of 
tissue injury and produce a variety of cytokines and connective tissue 
proteins [ 14]. The establishment of long-term fibrocyte cultures allows for 
the investigation of their functional characteristics in vitro. Cultured
fibrocytes can be examined for their ability to: 1) secrete mediators ( e.g.
growth factors) and connective tissue proteins; 2) migrate on a variety of 
matrices; and 3) proliferate in response to mitogenic stimuli. Taken together, 
studies of fibrocyte function in vitro should further our understanding of the 
cellular and molecular mechanisms of wound healing. 

Peripheral blood fibrocytes play an early, critical role in the initiation 
of antigen-specific immunity [17]. The capacity of cultured fibrocytes to
activate CD4+ and CD8+ T lymphocytes, and their requisite cell surface and 
secretory interactions, may now be examined. The relative role of fibrocytes 
during the initiation of immunity in vivo has not yet been clarified, and thus 
in vitro functional comparisons with other antigen presenting cells can also 
be studied. Furthermore, examination of the homing characteristics of 
cultured fibrocytes introduced into the lymph system in vivo should provide 
insight into their relative role during T cell activation. 

The establishment of in vitro cultures of peripheral blood fibrocytes 
makes feasible a wide range of clinical opportunities. Given their 
proliferative and migratory characteristics, these cells may be utilized for the 
targeted delivery of proteins via gene therapy. For example, cultured 
fibrocytes can be transfected with a potent growth factor, and then 
reintroduced into a person suffering from inadequate wound healing ( e.g.
diabetic patients). Based on their reparative homing characteristics [8], the 
transfected fibrocytes have the potential to target the secretion of the 
transfected growth factor to tissues that are undergoing critical repair 
processes. Cultured fibrocytes can also potentially be clinically employed to 



218 Chesney and Bucala 

establish in vivo immunity against infectious agents ( e.g. HIV) or neoplastic 
processes. For example, in vitro cultures of autologous fibrocytes can be 
pulsed with HIV-specific antigens ( e.g. gp120, p24) and then re-introduced 
into HIV+ patients in order to prime naive CD4+ T lymphocytes, and thus 
induce anti-viral immunity. Alternatively, antigen-specific immunity may be 
inducible through the infusion of cultured fibrocytes that have been 
transfected with target antigens in vitro. 

6. CONCLUDING REMARKS 

The peripheral blood fibrocyte is a novel cell type that has been shown to 
rapidly enter sites of tissue injury and contribute to connective scar 
formation. Fibrocytes express a distinct profile of cytokines and growth 
factors and may function to attract and activate inflammatory and connective 
tissue cells. Fibrocytes also are specialized to present antigen, and may play 
a critical role in the initiation of cognate immunity during the earliest phases 
of tissue injury. In situations such as ischemia or diabetic vasculopathy, 
fibrocyte entry into damaged tissue sites may be compromised, thus 
contributing to poor scar formation. Conversely, peripheral blood fibrocytes 
may play a role in various pathological processes characterized by excessive 
fibrosis, including pulmonary and hepatic fibrosis, atherosclerosis, 
glomerulosclerosis, and pannus formation. Further investigation into the 
function of this novel cell population may provide important insight into the 
regulation of host wound healing and fibrotic responses. 
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1. INTRODUCTION 

This chapter describes a primary human osteoblast (HOB) cell model, 
focusing on culture conditions that favor proliferation and differentiation. 
Biochemical, light and electron microscopic methods of characterization of 
growth and matrix production are also given. 

The method described shows that it is possible to select for osteoblastic 
cells and achieve high yields of phenotypically stable HOBs. This finding is 
in contrast to the suggestion that osteoblastic characteristics are lost rapidly 
in culture [1]. 

1.1 Rationale for the use of isolated bone cells 

Numerous in vitro models using human and animal primary, 
immortalized and transformed osteoblastic cells have been described. 
Primary cultures of osteoblast-like cells are advantageous for studies of bone 
cell metabolism and differentiation because they retain a normal genotype 

A hypothesis for differentiation of the marrow stromal compartment 
analogous to that in the hematopoietic lineage was proposed [6], where 
stromal cell lines give rise to committed progenitors for different cell types 
[7-8]. Osteogenic cell subpopulations can be derived from colonies of bone 
marrow stromal cells that grow as fibroblastic colonies initially, but form 
calcified tissue resembling bone when implanted in diffusion chambers in
vitro [9]. Bone formation under specific culture conditions in diffusion 
chambers with cultured human bone-derived cells and cultured marrow 
stromal cells has also been reported [10].

[2-5].
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Cells grow from explants of normal adult bone in culture [11-13]. The. 
ability of osteoblasts to migrate from bone explants from various species has 
been reported, and some of the methods have been adapted for use with 
human bone [12, 14]. The cells appear to be mainly osteoblastic, although it 
has proved difficult to isolate a homogenous primary cell population that is 
able to retain the characteristic phenotype in vitro [ 15]. Isolation techniques 
for osteoblasts have been compared and the cells vary in the amounts of 
osteocalcin and type 1 collagen they produce [16]. The region the cells are 
isolated from, as well as the method of isolation, play a significant role in the 
behavior of the osteoblast [17]. 

The ideal system for HOBs should allow long-term culture of cells 
without de-differentiation. Under selected conditions, it is possible to grow 
differentiated cells that exhibit tissue-specific metabolic responses and 
synthesise structural matrix components [18]. The Osf2/Cbfa 1 genes have 
major regulatory roles in osteoblast differentiation [ 19-21]. Absence of the 
Cbfa l gene leads to a lack of ossification. This transcription factor has an 
important role in osteoblast differentiation and has been shown to induce 
expression of osteocalcin and osteopontin [22]. 

1.1.1 Comparison of human and animal cell lines 

Continuous cell lines derived from rat, mouse or human osteosarcoma, 
such as UMR 106, ROS 17-2.8, SOS, U-20S, MC3 T3-E1, MG-63 and HOS 
TE-85, are readily available and widely used [23]. Differences have been 
noted within species and between transformed and non-transformed cells 
[24, 25]. These cells are not analogous to adult human bone cells and can 
express different receptors in vitro. They often have different proliferation 
rates and express varying levels of ALP activity and osteocalcin in response 
to 1,25(OH)2D3 [26].

1.1.2 Comparison of primary cells and cell lines 

Several methods have been described for transforming human osteoblasts 
[2, 26-28]. However, the cells have abnormal growth characteristics and the 
degree of maturation and responsiveness of the fetal cells is not comparable 
to those of adult human bone cells. 

Clonal cell lines may express receptors which are not normally expressed 
[24,26]. This is of particular relevance in studies investigating the effect of 
growth factors, since transformed cells may respond differently to normal 
cells and may produce different growth regulators. In addition to 
heterogeneity between clones, phenotypic variations can exist between 
daughter cells derived from a single clone [18]. These differences may occur 
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as a result of the cells being exposed to different growth conditions at 
different stages in the cell cycle. A high or low cell density or the presence 
or absence of mineralizing agents such as 6-glycerophosphate can also cause 
differences. At a high density, for example, it is believed that osteoblastic 
expression is increased, whereas at low density these cell markers are 
reduced [23, 29]. 

In general, immortalized HOB s exhibit osteoblastic properties and 
characteristics, including high ALP, response to PTH and 1 ,25(OH)2D3,
production of osteocalcin and collagen type I and, in some cases, in vitro 
mineralization [5, 30, 31]. The effects of 1,25(OH)2D3 on alkaline 
phosphatase activity, cell growth and cell protein in 'pre-osteoblastic' and 
'mature osteoblastic' cultures varied depending on the stage of osteoblastic 
maturation [32]. 

The progressive de-differentiation is a major problem with clonal lines 
[33]. The production and accumulation of osteoblast products in the 
extracellular matrix and changes in cell shape provide signals for 
differentiation. The acquisition of normal osteogenic cell morphology may 
be a prerequisite for further development and maturation [13, 34].

1.1.3 Mineralization 

Bone development can be divided into three stages: proliferation, 
extracellular maturation and mineralization [35]. Each of these stages is 
reflected by peaks in gene expression levels of specific proteins. In order for 
bone cells to pass from one stage to the next, specific signals are needed. 
Mineralization can be divided into two phases. In the first phase, osteoblasts 
secrete an organic matrix which is considered to be a preosseous matrix, and 
is usually termed osteoid. The osteoid consists of type I collagen and other 
proteins including proteoglycans, glycoproteins and non-collagenous 
proteins. During the second phase, mineralization occurs, transforming the 
osteoid into bone [36]. In the HOB culture system described in this chapter, 
three distinct phases occur: growth (proliferation), matrix development and 
mineralization, recapitulating the stages seen in vivo. 

The process of mineralization in lamellar bone and the factors controlling 
it are poorly understood, one reason being the difficulty in obtaining and 
maintaining enough primary cells. Another reason is the frequent use of fetal 
bone, which has growth characteristics that are different from those of adult 
bone [2, 27, 37]. Mineralization studies have used osteoblastic cells derived 
from human and rodent bone tissue, and in the majority of cases these have 
been derived from embryonic or neonatal bone or marrow [2, 11-14, 23, 30].

Osteoblastic cells can be grown as compact cell colonies and then 
calcification initiated by a variety of means, including suspension of cells in 
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agarose, methylcellulose and collagen type I [38-40]. It has been suggested 
that a prerequisite for osteoblast mineralization is the formation of 
multilayers. This can be achieved by seeding cells in a micromass [41],
where a large number of cells are concentrated into a small volume of 
medium and seeded into a dish or a plate. The high concentration of cells in 
such a small area causes the cells to adhere closely to one another, 
sometimes on top of each other forming layers. However, spontaneous 
differentiation and calcification can occur with the deposition of 
hydroxyapatite in well-developed bone matrix in monolayers of mouse 
MC3T3-E1 cells [4]. Osteoblasts have also been cultured in native collagen 
type I gel and been shown to mineralize [42]. 

Numerous reports have described bone cell culture methods, but few have 
shown spontaneous in vitro mineralization [5, 43]. In all reported cases, 
certain factors or conditions have been shown to be a necessary prerequisite 
for terminal cell differentiation and mineralization. Examples include (1) 
three-dimensional cell culture [41], (2) Na-ß-glycerophosphate or other
organic phosphates as stimulators [38, 43, 44] and (3) enrichment of the 
nutrient medium [5, 29, 41].

In primary cultures, isolated osteoblasts have been shown to synthesize 
several proteins and enzymes which are known to be localised in bone, 
including alkaline phosphatase (ALP), osteocalcin and type I collagen. 
Primary human bone cells in conventional culture reach confluence in 3-6 
weeks. If maintained in culture for sufficient lengths of time, the cells form 
‘nodules’, and in these areas the cells lay down a dense matrix and develop a 
granular appearance. These nodules appear to consist of calcium phosphate 
crystals embedded in matrix. The process is usually associated with the 
release of vesicle-type structures from the cell surface and this may initiate 
mineral deposition. In some culture systems the development of crystals can 
be accelerated by the addition of 5-10 mM β-glycerophosphate. In the 
culture system described in this chapter, nodule formation occurs 
spontaneously after approximately 30 days in culture with a dense granular 
matrix which stains positive for calcium. 

Culture conditions contribute significantly towards the ability of cells to 
differentiate and calcify. The addition of agents such as calcium ß-
glycerophosphate, glucocorticoids, sodium ß-glycerophosphate, calcium
hexose monophosphate and dexamethasone has been used to promote 
mineralization of osteoblasts in culture [14, 41, 43, 45, 46].
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2. TISSUE PROCUREMENT AND PROCESSING 

Clinical applications such as bone healing and reconstruction require a 
supply of bone cells. Several methods of obtaining bone cells have been 
documented, all yielding varying results depending on the clinical history. 
The three most common methods are bone marrow stromal cell cultures and 
isolation from bone explants, with or without collagenase digestion. The first 
uses growth factors to induce cells to follow an osteoblast pathway and the 
second involves the migration of cells from tissue explants. 

The method in this chapter describes the isolation of osteoblasts from 
bone explants with collagenase digestion. Femoral heads were obtained from 
patients undergoing surgery for total joint replacement. The success rate of 
the extraction procedure is over 80%, with loss occurring mainly due to 
infection. Other factors determining success rate include the age of patient, 
clinical status and time elapsed from resection of tissue to processing and 
culture.

As bone is a hard tissue, it is advisable to wear a chain-mail glove 
underneath the sterile glove on the hand holding the sample. The bone 
specimen can be processed up to several hours following excision. However, 
the sooner the tissue is processed the better the yield of cells. If absolutely 
necessary, the tissue can be stored at 4°C overnight in unsupplemented 
Dulbecco’s Modified Eagles Medium (DMEM) (Sigma, Poole, England) at 
4°C.

3. CULTURE TECHNIQUES 

The bone sample is placed in a 90 mm tissue culture dish and trabecular 
bone fragments dissected under sterile conditions. Trabecular bone is cut, 
scraped or teased out of the femoral head with a scalpel blade or forceps. 
The bone fragments are placed into a sterile universal container and washed 
thoroughly in calcium and magnesium-free phosphate buffered saline 
solution (PBS). By capping the universal and shaking it vigorously, red 
blood cells, marrow and tissue debris from the bone fragments are removed. 
The washing procedure is repeated several times, each time changing the 
PBS until the liquid surrounding the fragments has cleared as much as 
possible.

The washing steps are important for the removal of blood, fat and debris 
and the surface layer of cells, and also to expose the trabecular surfaces of 
the bone fragments. The bone fragments are given one final wash in 
osteoblast medium and transferred to a clean petri dish where the fragments 
are chopped as finely as possible with sterile scalpel blades. The osteoblast 
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medium consists of DMEM containing 10% fetal bovine serum (FBS), 1% 
non-essential amino acids, 150 µg/ml ascorbic acid, 2 mM L-glutamine, 0.01 
M (4-(2-hydroxyethyl)- 1 -piperazineethanesulfonic acid) (HEPES), 100 
units/ml penicillin and 100 µg/ml streptomycin. 

The fragments are divided between two or three 60 mm dishes, 
depending on the quantity of tissue. Five ml of osteoblast medium is added 
and the dishes placed in an incubator at 37°C with 5% carbon dioxide in a 
humidified atmosphere. The bone fragments should be inspected daily to 
check for release of blood and marrow cells (rounded, non-adherent). If 
these are present, the medium is changed and replaced with fresh medium. 
This ‘pre-digestion’ explant incubation period is important as it allows the 
migration and removal of marrow cells, blood cells and other non-adherent 
cells. During this period cells, migrate from the bone fragments forming an 
osteoid seam around the explant. When osteoid seam formation is good and 
there are many cells adhering to the tissue culture dish, osteoid digestion is 
carried out in order to harvest the cells. Cell migration is usually observed in 
over 80% of the bone fragments after 4-5 days, with seams formed around 
the fragments. 

The bone fragments are removed from the petri dish and placed into a 
sterile universal container containing enzyme mixture, consisting of 
collagenase (100 U/ml), and trypsin (300 U/ml) (Sigma, England) in PBS 
buffered with 0.01 M HEPES. This is placed on a rotating mixer at 37°C for 
20 minutes, after which the fluid in the universal becomes cloudy, indicating 
that the cells have been released into the solution. Fragments are incubated 
for 20 minutes. A shorter time period results in a more mixed cell population 
and a longer incubation results in cell damage and loss of viability. 

Following the 20 minute incubation, the supernatant is carefully 
transferred to a fresh universal and centrifuged at 2000 rpm at 18°C for 5 
minutes. There should be a cell pellet at the bottom of the universal at this 
stage. The supernatant is removed with a sterile pipette and discarded. Two 
ml of osteoblast culture medium is added to the pellet, which is resuspended 
using a pasteur pipette. The volume is then made up to 10 ml with osteoblast 
medium and centrifuged as before. Using a small volume of medium to 
resuspend the cells results in a uniform cell suspension and can obviate the 
need to use a needle and syringe to obtain a single cell suspension. The 
supernatant is again removed with a sterile Pasteur pipette, taking care not to 
disturb the cell pellet, and the pellet is re-suspended in 2 ml of osteoblast 
medium as before. If the cell pellet does not disperse fully to form a single 
cell suspension, a 5 ml syringe with a 23 G hypodermic needle can be used 
to disaggregate the cells. This requires gently “forcing” the cell suspension 
through the needle several times to produce a single cell suspension. Care 
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should be taken not to cause foaming of the medium and consequent damage 
to the cells. 

Using this method, the cell yield is usually between 105-106 cells. These 
are plated in one 25 cm2 flask with a total of 5 ml of osteoblast medium. If 
the yield of cells is greater (106-107), the cells can be seeded into more 
flasks. The seeding density should be approximately one million cells per 25 
cm2 flask. If the surface area of the flask is too large for the number of cells 
isolated, a smaller flask should be used. These cells constitute passage one. 

The morphology of the primary cells five days following enzyme 
digestion is typically osteoblastic. Initially, the cells have a polygonal 
morphology that becomes cuboidal when the cells reach confluence, which 
can occur between days 5-14 depending on the initial seeding density 
(Figure 1a-f). Under normal conditions, the HOBs display logarithmic 
growth with a doubling time of approximately 36 hours. Once sufficient 
cells have been cultured, they are characterized by measuring cell viability, 
doubling time and phenotypic markers. In our experience, these cells have 
maintained phenotypic stability following cryopreservation up to passage 19. 
The preparation procedure and the inclusion of a pre-digestion incubation 
period reduce contamination with marrow cells and allow the selection and 
proliferation of a predominantly osteoblastic cell population. 

When cells from passage one have reached confluence, it is necessary to 
trypsinise and split the cells. It is advisable to grow sufficient cells from each 
passage to ensure that at least one vial can be cryopreserved. For 
trypsinization, the medium is removed and 2-5 ml of PBS warmed to 37°C is 
added, gently swirled around and then removed. 

This wash procedure removes serum components which would otherwise 
block the action of the enzyme. Following the PBS wash, 2-5 ml of 
trypsinization solution (300 U/ml trypsin with 0.01 M HEPES in PBS) is 
added and the cells incubated at 37°C for approximately 5 minutes. The 
progress is monitored at each stage under the microscope and the cells 
should appear rounded and start detaching from the flask. At this stage, a 
gentle tap of the flask should dislodge most of the cells. If cells remain 
adhered to the surface, the flask should be placed back in the incubator until 
all the cells have dislodged. 



Figure la. HOB cells, (arrow) migrating from a bone fragment (B) after 3 days in culture. Fig lb: Osteoid Seam (OS) seen forming around a 
bone fragment after 5 days in culture. Fig 1c: Appearance of HOB cells in culture 5 days post enzymatic digestion of bone fragments. Fig 1d: 
HOB cells after 12 days in culture showing confluent layer of cells. Fig le: HOB cells after 21 days in culture; note the densely packed cells 
forming multilayers (arrow). Fig 1f: HOB cells after 24 days in culture; the cells have formed layers with the appearance of bone nodules, which 
become mineralized by day 28 in culture. 
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When all the cells have detached, 5 ml of osteoblast medium is added and 
collected into a sterile universal followed by another wash with 5 ml of 
medium. The cells are centrifuged at 2000 rpm for 5 minutes and the 
medium removed using a sterile pasteur pipette, taking care not to disturb the 
cell pellet. The cell pellet is resuspended in 10 ml of medium and 
centrifuged again as above. The medium is removed and discarded as before, 
and the pellet resuspended in 2 ml fresh medium. If required, a 5 ml syringe 
with 23 G needle can be used to obtain a single cell suspension. The volume 
is made up to 10 ml and divided between the required number of flasks with 
extra medium added according to the volume of the flask. 

Generally speaking the cell yield from one confluent 25 cm2 flask is 
between 1-2 x 106 cells. Therefore, for sub-culturing purposes the cells from 
one confluent 25 cm2 flask can be placed in two-three 25 cm2 flasks. These 
new flasks will take 3-7 days to reach confluence, depending on the quality 
of the cells. At this stage the cells can be seeded into larger flasks. It is vital 
to check the cells every day. Medium should be changed at least twice a 
week for long-term, slow-growing cultures. 

For cryopreservation the cells are frozen in a mixture of FBS and 
dimethylsulfoxide (DMSO). Following trypsinisation and centrifugation as 
described above the medium is removed and discarded. The pellet is 
resuspended in 1 ml of freezing mix (10% DMSO in FBS), using a 2 ml 
syringe with 23 G needle, if required, to produce a single cell suspension. 
The vials are left at –70°C overnight for the first stage of the freezing 
process and then transferred into liquid nitrogen. It is important to ensure 
that the vials are transferred to liquid nitrogen within 24 hours of initial 
freezing, as leaving them at –70°C for longer periods results in a loss of 
viability.

In order to resuscitate cryopreserved cells, osteoblast medium is warmed 
to 37°C and the vial of cells to be resuscitated removed from liquid nitrogen 
and placed in a laminar flow cabinet. Once the liquid begins to thaw it is 
transferred immediately into 10 ml of osteoblast medium. The cell 
suspension is centrifuged at 2000 rpm for 5 minutes and the liquid is 
removed, taking care not to disturb the cell pellet. Another 10 ml of medium 
is added to the cells, which are then mixed and recentrifuged. The medium is 
then removed and discarded and the pellet resuspended with 2 ml fresh 
medium using a 5 ml syringe with 23 G needle, in order to produce a single 
cell suspension. The volume is made up to 10 ml and the cell suspension 
divided between the required number of flasks, culture dishes or plates. 
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4. ASSAY TECHNIQUES 

4.1 HOB Characterization 

In order to characterize the HOB cells, various analyses need to be 
performed. These include measurement of cell growth, alkaline phosphatase 
(histochemical staining and biochemical measurement), osteocalcin and 
procollagen type 1 (PICP), and response to PTH by measuring cyclic 
adenosine monophosphate (CAMP) production. These methods are described 
below.

4.1.1 Alkaline Phosphatase 

Alkaline phosphatase is used as a marker of osteoblast phenotype. 
Alkaline phosphatase has been implicated in the initiation of mineralization, 
but histochemically in cultured cells, only a fraction of the cells stain 
positively, even in clonal lines. Using immediate digestion, monolayer 
cultures of normal human bone cells contained subpopulations of alkaline 
phosphatase positive cells [47] and, from our experience, this approach 
results in a mixed cell population with predominantly immature precursors 
of osteoblasts. 

Only a proportion of cells undergo maturation in culture, and this 
proportion may differ amongst different clonal lines. ALP activity in human 
bone cell cultures is dependent on cell cycle distribution, cell density and 
length of time in culture [48]. The timing of the phases that accompany 
differentiation in vitro differ depending on the method used, resulting in a 
lag between the different phases of expression of the individual markers 
[49]. Therefore, the differences reported in the literature may be a result of 
the different techniques used to isolate bone cells and could explain the 
variations seen in terms of cell confluence, differentiation, matrix formation 
and mineralization. 

Alkaline phosphatase activity in cell lysate and medium can be 
determined using a COB AS-BIO (Roche, UK) centrifugal analyser. The 
assay measures the release of p-nitrophenol from p-nitrophenol phosphate 
(PNPP) at 37°C in buffer containing 1 M diethanolamine (DEA), 10 mM 
PNPP and 0.5 mM MgCl2 and 0.22 M NaCl, pH 9.8 (Merck, UK). The 
production of ALP by HOBs is detectable from approximately day 4 
onwards, rising to a peak from day 10 onwards. A rapid fall in cell 
proliferation is coincident with a rapid increase in ALP production. 

Histochemical detection of alkaline phosphatase can also be performed 
using a modification of a published method [50]. The incubation mixture 
consists of 4% New Fuchsin in 2 M HCl plus an equal volume of 4% sodium 
nitrite, which are shaken together and then added to 40 ml 20 mM Tris, pH 
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9.0. To this is added 10 mg of the substrate napthol AS-BI-phosphate,
sodium salt (Sigma, England). The solution is mixed and added to the dishes 
or dropped onto slides and incubated for 30 minutes at 37 ºC. The medium is 
discarded and the cell layer washed with PBS, and then counterstained with 
methyl green for 2 minutes followed by a further wash in water. Finally, the 
specimen is drained and mounted in Aquamount (Merck, UK). 

ALP activity can also be investigated using electron microscopy (Figures 
2a and 2b). Cells are fixed in their culture dishes with 1.5% glutaraldehyde 
in 0.1 M sodium cacodylate buffer (pH 7.4) at 4°C for 1 hour, followed by a 
further 30 minutes in 0.1 M sodium cacodylate buffer only. The incubation 
medium is made up from the stock solutions: 0.045 M sodium ß- 
glycerophosphate, 0.025 M magnesium chloride and 0.018 M lead nitrate. 
These are aliquoted in 2 ml volumes and stored separately at -20 °C. Tris 
(hydroxymethyl) methylamine/HCl (Merck, UK) buffer at pH 9 is prepared 
fresh. A working solution of 10 ml is made up from the stock added in order 
as follows: 2 ml distilled water, 2ml 0.2 M Tris/HCl (pH 9.0), 2ml of the 
aliquoted 0.045 M sodium ß-glycerophosphate, 2 ml 0.025 M magnesium 
chloride and 2 ml 0.018 M lead nitrate. To test for false non-enzymatic 
deposition of reaction product, a control sample is incubated in a 2 mM 
levamisole hydrochloride (Aldrich, UK) solution to inhibit alkaline 
phosphatase activity. The incubation medium of 40 mM Tris/HCl, 9 mM 
sodium ß-glycerophosphate, 5 mM magnesium chloride and 3.6 mM lead
nitrate is added to the culture dishes and incubated for 30 minutes at 37°C. 
The dishes are washed briefly in 0.1 M sodium cacodylate buffer (pH 7.4), 
post-fixed for 30 minutes in 1% osmium tetroxide in 0.1 M sodium 
cacodylate buffer and washed in several changes of buffer. The cells in the 
culture dish are dehydrated through a graded series of ethyl alcohol (70%, 
90%, 96% and 100%, dried with sodium sulfate anhydrous). 

The cells are removed from the surface of the tissue culture plastic by 
flooding the dish with propylene oxide. The dish must be continuously 
agitated until the entire cell layer is completely detached, which can be seen 
by naked eye. After detachment, the cell sheet is immediately lifted out of 
the dish using either fine forceps or a fine dissecting seeker. It is then placed 
into fresh propylene oxide for 5 minutes to remove any excess plastic. The 
cell sheet is infiltrated with Spurrs' resin for one hour, followed by a further 
two changes for one hour each in pure resin. The cell sheet is placed onto a 
slab of dental wax and chopped finely, a drop of resin is placed on top and 
then collected with a pasteur pipette into an eppendorf tube with fresh resin. 
The eppendorfs are centrifuged at 13,000 rpm for 5 minutes to obtain a firm 
pellet and the resin cured for 18 hours at 70°C and cut. 



Figure 2a. Electron micrograph of a 12-day monolayer culture of HOB cells showing electron dense positive localisation of ALP along the cell membrane 
(arrowheads). Figure 2b: A negative control of a 12-day monolayer HOB culture where ALP activity was blocked by levamisole hydrochloride. (Bar = 2 
µm).
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4.1.2 Collagen 

Collagen is the most abundant of the bone matrix proteins. Type I 
collagen derived from the larger protein, Type I procollagen, is an indicator 
of matrix synthesis. The carboxy terminal propeptide of type I procollagen 
(PICP) is used as a biochemical indicator of type I collagen production. 
PICP is measured using a radioimmunoassay (Orion Diagnostica, Pharmacia 
UK). Cross-reactivity with the carboxy terminal propeptide of type III 
procollagen has been minimized in this kit by purification of the antigen and 
selection of antiserum. Assay conditions are modified by increasing the first 
antibody incubation period to 24 hours at 4°C, in order to increase assay 
sensitivity. A functional relationship appears to exist between the down- 
regulation of proliferation and the initiation of extracellular matrix 
maturation as indicated by a sharp rise on day 8 in the production of PICP by 
HOB cells. 

4.1.3 Osteocalcin 

Osteocalcin, a vitamin K-dependent calcium-binding protein is 
synthesized only by osteoblasts, and is a sensitive marker of osteoblast 
differentiation and mineralization. Osteocalcin is measured by competitive 
radioimmunoassay (OSCA test, Henning, Berlin) using an antibody coated-
tube technique and 125I-labeled osteocalcin. Osteocalcin release into the 
medium is determined using basal medium as a control. Conventional assays 
are mainly for use with serum or plasma, hence they should be validated for 
use with tissue culture medium and cell lysate. The antibody used was raised 
against intact human osteocalcin and the assay was validated for tissue 
culture medium. The production of osteocalcin seems to be dependent on the 
extent of mineralization. However, low levels can be detected from as early 
as day 4 in our HOB preparation in monolayer culture. Immediately 
following down-regulation of proliferation, as reflected by a decline in DNA 
synthesis, the expression of ALP increases with osteocalcin expression 
following shortly thereafter [51].

4.1.4 Parathyroid Hormone (PTH) 

Responsiveness to PTH is specific to osteoblastic cells. The HOB cells 
respond to PTH by an increase in intracellular cAMP production. The 
amplitude of the response to PTH can be variable, depending on the age of 
the cultures. Cyclic AMP (CAMP) production is measured in HOB treated 
with PTH (10-8 M) for 24 hours on days 3, 7 and 14 of culture. The PTH 
(bovine 77/533) is obtained from the National Institute for Biological 
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Standards and Control (South Mimms, UK). Intracellular cAMP is measured 
using the BIOTRAK kit (Amersham International, Amersham, UK) and 
adopting the non-acetylation method, suitable for culture medium. Under 
basal conditions, cAMP production is undetectable before day 3 for the HOB 
cell cultures, but usually increases after day 7. 

4.1.5 Calcium deposition 

HOB cells in monolayer spontaneously form nodules after approximately 
21 days with calcium deposition in the absence of ß-glycerophosphate. To 
stain for calcium using Alizarin red S, cells can be fixed in neutral formalin, 
alcohol or formal alcohol. A 2% aqueous alizarin red S solution is prepared 
and the pH adjusted to 4.2 with 10% ammonium hydroxide. The sections are 
taken to water and then rinsed in distilled water before transfer to Alizarin 
red S solution for 1-5 minutes, blotting and rinsing in acetone for 30 
seconds. The sample is then treated with acetone-xylene 1:1 for 15 seconds 
and rinsed in fresh xylene and mounted in DPX. Calcium deposits are 
stained orange-red and staining time depends upon the amount of calcium in 
the sections. Von Kossa’s staining can also be used for detecting 
mineralization. Sections or cells on coverslips are transferred to distilled 
water and placed in 1% aqueous silver nitrate solution and exposed to strong 
light for 10-60 seconds. The section is then washed in 3 changes of distilled 
water and placed in 2.5% sodium thiosulphate for 5 minutes, thoroughly 
washed in distilled water, dehydrated and mounted in DPX. The mineralized 
portion appears black and the osteoid is stained red. 

5. UTILITY OF SYSTEM 

In normal bone, growth factor (GF) production and availability play key 
roles in bone formation and remodeling, and it is likely that locally produced 
GFs are intimately involved in the balance between resorption and accretion 
[52, 53]. The responsiveness of osteoblast-like cells to GFs in vitro has been 
studied mostly in rodent fetal cell cultures [54-56]. One of the most 
important GFs in osseous tissue development is growth hormone (GH). For 
example, the in vitro effect of GH on chondrogenesis and osteogenesis in 
mouse cartilage progenitor cells in promoting de novo bone formation has 
been demonstrated [57]. Recent studies have shown that GH can also affect 
both the proliferation [58] and differentiation of normal human osteoblasts 
[59, 60]. GH has been shown to increase biochemical markers of osteoblast 
activity, both as a direct effect on proliferation of osteoblasts and also an 
increase in the expression of proteins associated with differentiation [61]. 
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Administration of GH to human volunteers increases the biochemical 
markers of bone formation, suggesting increased activity of osteoblasts and 
induction of the proliferation of their precursors [62]. GH has been shown to 
have a mitogenic effect on osteoblast-like cells [54, 63, 64], mediated by the 
paracrine or autocrine action of insulin-like growth factor-1 (IGF-1) [55, 60]. 
IGF-1 was able to support the differentiation of cultured osteoblast-like cells 
and increase alkaline phosphatase activity [65]. 

The HOB cell system described in this chapter provides an excellent 
model to study the effects of GFs on osteoblast cell proliferation and 
differentiation. Dose-dependent stimulation of primary HOB cells following 
exposure of the cells to GH and IGF-1 has been studied [61]. An optimal 
dose range to use for most GFs is between 50-150 ng/ml, as doses lower than 
this usually do not have an effect and higher doses result in down-regulation 
of receptors. However, the origin of the cells plays a significant role in their 
response to various stimuli. Osteoblasts removed from women were more 
susceptible to age changes as compared to cells isolated from men, and cells 
derived from post-menopausal women had a decreased number of 
osteoblasts, and in some cases were less able to differentiate [66]. 

The use of biomaterials to restore the function of traumatized or diseased 
joints has greatly increased the demand for the development of innovative 
bone analogue materials. Biomaterials are now being developed to elicit 
specific responses. The HOB model described in this chapter has been used 
extensively to study tissue-materials interaction [67-69]. 

Prior to implantation, all materials have to be tested for biocompatibility, 
where “the ability to perform with an appropriate host response in a specific 
application” is determined [70]. This allows the assessment of cytotoxicity. 
In addition, biofunctionality can be studied, to determine the response for a 
given application using the “appropriate” cell system [71-73]. 

The trend towards tissue-engineered procedures has focused on the 
development of appropriate polymer scaffolds, which can act as carriers for 
osteoinductive factors and support for cell-seeded systems. Bioactive 
composites are currently being investigated in our laboratory as potential 
bone substitute materials. An example includes HAPEXTM, a hydroxyapatite 
reinforced polyethylene composite. This material in vivo has shown 
cancellous and cortical bone growth adjacent to the implanted ceramic 
surface in rabbit femoral condyles [74, 75]. 

Our in vitro studies indicate that HAPEXTM is an ideal template and 
provides a favorable site for the recruitment of cells from the surrounding 
biological environment [76-78]. Material surface topography plays a critical 
role in cell-biomaterial interactions, and we have shown that presentation of 
a bioactive surface results in a favorable attachment of cells and subsequent 
proliferation and differentiation [79]. 
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Porous hydroxyapatite is being developed for tissue guidance and as a 
scaffold for tissue engineering. Ongoing studies in our laboratory have 
shown that both porosity and interconnectivity are important for the 
promotion of rapid bone ingrowth [80]. 

6. CONCLUDING REMARKS 

Many methods have been described for the isolation of both animal and 
human primary osteoblasts. Primary cultures are favored for studying bone 
cell function and for investigating the effect of bone growth factors. The 
method we describe for the isolation of primary HOB results in a 
homogenous cell population with a stable phenotype. 

Using other methods for culturing HOB, de-differentiation can occur. It 
is not known whether differences between clones are due to the presence of 
cells at different stages of maturation or arise as a result of de-differentiation 
in culture [23, 26, 81]. In a rat cell line, it was shown that cells can alter their 
phenotype and generate a number of sub-populations, each of which may 
generate further heterogeneity [ 82]. Variations in phenotype between 
progeny of cells within a single clone can occur [20, 29]. These changes are 
not limited to transformed cells, but have also been reported in normal 
osteoblasts [15, 17]. The use of characterized cell systems such as the one 
described in this chapter will provide fundamental basic information for 
advances in the repair of skeletal tissues. 
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