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PREFACE TO THE
FIRST EDITION

ALTHOUGH much is known about the parasites of laboratory animals, information
is often lacking and what is available is scattered. It is the purpose of this book to
gather what is known in this field so that it is readily accessible to those who need it,
and to point out what is not known.

Some of the stated deficiencies in our knowledge are probably incorrect in that
the information is available but either has been overlooked or has not been published.
It is hoped that these incorrect statements will stimulate persons with contrary infor-
mation to point out the error or to divulge previously unpublished data.

It is also recognized that in a work of this sort, other errors are likely. It would be
appreciated if these are pointed out so that they can be corrected in future editions,
should the reception of this book warrant future revisions.

Many people helped write this book. A draft of each chapter was first prepared by
the appropriate collaborator and then rewritten by me. The rewriting was done pri-
marily to emphasize laboratory animals and secondarily to provide uniformity of style.
The rewritten chapter was then reviewed by the collaborator and, in some cases, by
others. Thus, each chapter in the book represents a joint effort of at least two people
and, in some cases, of several.

Many people, besides the collaborators, assisted in the preparation of this vol-
ume. These include persons who reviewed chapters or parts of chapters, furnished
illustrations, made literature searches and helped or advised in various ways.

The parasites described are those that occur spontaneously. Experimentally
induced conditions are mentioned only if they are of special significance. No attempt
is made to include the parasites of all domestic and wild animals. As a general rule,
those of the common laboratory animals (mouse, rat, hamster, guinea pig, rabbit, dog,
cat, rhesus monkey, and chicken) are all included, but for the less common species
(such as other rodents, other primates, reptiles, amphibians, and fishes), only the com-
monest parasites of the animal species most likely to be used in the laboratory are
described. Agents that occur only in domestic animals of agricultural importance are
not described, even though these animals are sometimes used in the laboratory, as this
information is readily available elsewhere.



PREFACE TO THE FIRST EDITION

Except for a few rare or uncommon animals, the common name only is used in
the text. Although this may appear unscientific, the repeated use, for example, of
Mesocricetus auratus, when one means the usual laboratory hamster, and Orycrolagus
cuniculus, when one means the laboratory rabbit, is undesirable. Also, scientific names
sometimes change, but common names tend to remain the same. Great care was taken
to ensure that the scientific name is given for every common name that appears in the
text, and that the common name is specific. Authorities used to determine the appro-
priate names are cited.

It is my sincere hope that the usefulness of this book will justify the efforts of all
who helped prepare it.

ROBERT J. FLynn



PREFACE TO THE
SECOND EDITION

IN the more than 30 years since publication of the first edition of this seminal text,
dramatic changes have occurred in the fields of laboratory animal medicine and para-
sitology. Improvements in laboratory animal production, husbandry, transportation,
veterinary care, diagnostics, and treatment, have resulted in dramatic declines in the
prevalence of organisms causing parasitic diseases. Nowadays, commercially produced
laboratory animals are free of nearly all unwanted organisms, including parasites.
Modern facility design and husbandry practices preclude most infections or infesta-
tions. This is particularly true for parasites with indirect life cycles.

So, with all of these improvements, why is a new edition of this text warranted?
Several reasons may be offered. First, in spite of the improvements in the components
of animal care listed above, parasites continue to be found in and on laboratory ani-
mals. There are several possible reasons: infections or infestations were never com-
pletely eliminated from particular facilities; were inadvertently imported with
incoming animals, either as a result of contamination during shipment or because par-
asitism was enzootic at the original location; entered the facility from feral animals in
the local environment; or were carried in or on personnel and transferred to colony
animals.

A second justification for revising the first edition is that animals in the wild are
occasionally still collected and brought into the animal facility. While quarantine pro-
cedures should prevent transmission of parasites from wild to laboratory stock, trans-
mission nevertheless occasionally occurs. Thirdly, the tremendous rise in the use of
transgenic animals, some of which are immunologically compromised, provides
opportunity for infections and/or infestations to take hold where such would not be
the case with immunologically competent animals.

Finally, newer diagnostic and therapeutic approaches to controlling parasitism are
available. These may facilitate discovery and elimination of unwanted pathogens. In
addition to changes in the field of laboratory animal medicine, the field of parasitol-
ogy has undergone radical changes. Here, changes have been most profound in the
areas of diagnostics and treatment.

The stated purpose of the first edition was to gather into one source, what was
known about the parasites of laboratory animals so that it was readily accessible to

Xi



Xii PREFACE TO THE SECOND EDITION

those who needed it, and to point out gaps in our knowledge of parasites and the
diseases they cause. The purpose of this second edition is essentially the same, with the
additional significant task of updating information in a field that has advanced sub-
stantially, parasitology of laboratory animals.

As with the first edition, many people contributed to this monumental work. Fore-
most among them are the chapter authors. Their efforts are greatly appreciated. In addi-
tion, all chapters were subjected to peer review. On behalf of the authors, I offer thanks
to the reviewers for their many valuable suggestions for improving early drafts. Others
contributed illustrations, photographs, or conducted literature searches. These too are
greatly appreciated. Lastly, we want to give special thanks to Drs. P. Coan, R. Ermel, S.
Feldman, and D. McClure. They constituted an advisory committee charged with assist-
ing the Editor-in-Chief in critically evaluating the first edition, in an effort to identify, if
possible, areas in which the second edition could be even more valuable than the first.

The breadth and scope of the original edition has been retained, thereby ensuring
continued usefulness to the widest possible readership, including bonafide parasitolo-
gists. Introductory chapters have been added, beginning with a chapter on modern
diagnostic techniques. The next five chapters present overviews of parasite biology.
These should help the reader to better understand information presented in the host-
specific chapters. Most significantly, the text has been entirely reformatted, in an
attempt to improve utility and readability. The informational content has been reor-
ganized into chapters based on vertebrate host. Parasites are presented phylogeneti-
cally within chapters. In addition, information included in comprehensive tables from
the first edition has been updated, organized by host body system, and reformatted to
coincide with host chapters. Finally, a formulary of drugs, uses, dosages, routes, and
mechanisms of action, has been added as an appendix. It is hoped that these changes
will increase the usefulness of an already highly valuable reference text.

Davib G. BAKER
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INTRODUCTION

As the scope of this book indicates, the term “laboratory
animal” can encompass virtually any animal species used
in research. The parasite fauna of such a wide spectrum of
hosts seems unlimited. However, within phyla, parasites
share many traits. The purpose of this chapter is to
describe diagnostic methods useful for parasite phyla likely
to be encountered in the research animal environment.

Most laboratory animal facilities should be capable of
performing most of the fundamental techniques outlined
in this chapter. Performing any of these techniques cor-
rectly and reliably requires expertise developed through
repetition. For uncommon techniques or obscure para-
sites, it is often more expedient to send samples to a labora-
tory with more extensive diagnostic capabilities. Several
resources are available for more complete treatment of
diagnostic techniques'.

SAMPLE COLLECTION AND
PRESERVATION

Feces
Number of Samples to Collect

The number of samples to be collected depends on several
factors, including the source and health status of the ani-
mals, available financial resources, and the parasite phyla
likely to be encountered. For routine screening of an
asymptomatic animal, a single sample should suffice. For
newly arrived animals with potential parasite exposure or
questionable health history, or for symptomatic animals
within the colony, sequential fecal examinations are war-
ranted. These are typically performed over three days.

Most nematode infections are easily identified with a
single fecal examination because the female worms pass
hundreds to thousands of eggs per day. In contrast, low
level trematode, cestode, or protozoal infections may not
be detected with a single examination because eggs or
oocysts may not be passed continuously or daily, or in
great number. In these cases, collecting fecal specimens
passed on three sequential days will increase diagnostic
power. To assess the parasite status of a group of animals,
30 animals or 10% of the group, whichever is greater,
should provide adequate sampling coverage.

Sample Collection

Proper collection and preservation methods are critical for

finding fecal parasites. A fresh fecal sample, collected rectally

FLYNN'S PARASITES OF LABORATORY ANIMALS

or just dropped, is optimal. When feces must be collected
from the ground, the specimen should be taken from the
middle of the dropping. This will minimize contamination
with organisms from the environment. When sampling a
group of animals, individual samples should be collected
and tested separately. Mixing samples may mask or underes-
timate the true extent of infection, because parasites are not
evenly distributed within host populations. Collected speci-
mens should be placed in clean, wide-mouth plastic con-
tainers with screw-top lids, or in sealable plastic bags. Using
a permanent marker, specimens should be properly identi-
fied with animal identification, date of collection, and
species of animal. Specimens should be refrigerated as soon
as possible, unless direct smears are to be prepared for the
detection of motile protozoa. If collections are made in the
field, specimens may be placed among refrigeration packs.

Sample Preservation

Specimens which will not be immediately processed
should be immersed in a suitable fixative. The choice of
fixative depends on the tests to be performed (Table 1.1).
Often, an initial fecal examination is performed on a fresh
sample. Positive test results then direct the diagnostician to
the appropriate fixation medium for additional testing of
the remainder of the sample.

TABLE 1.1 Common fixatives and applications

Fixative Applications

2% in distilled water for modified Knott’s
recovery of microfilariae

Formalin

5-10% for concentration techniques
(formalin-ethyl acetate; flotations and
centrifugations)

Cryprosporidium and Giardia antigen tests

Not useful for making permanent mounts of most
staining procedures

Schaudin’s fluid

Permanent mounts of protozoa stained with
trichrome or iron hematoxylin

Permanent mounts of protozoa stained
with trichrome or iron hematoxylin

Polyvinyl alcohol
(PVA)

Sodium acetate-  Concentration techniques (formalin-

acetic acid- ethyl acetate; flotations and centrifugations)
formalin (SAF)  Permanent mounts of protozoa stained with

trichrome or iron hematoxylin

Merthiolate-iodine- Wet mounts or direct smears
Formalin-ethyl acetate sedimentation
Limited use for staining of permanent mounts

formalin

Adapted from Ash and Orihel (1991) and Garcia (2001).
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When sending samples to a commercial diagnostic
laboratory, the protocol for preserving and shipping samples
should be obtained prior to collection of samples. By adher-
ing to these guidelines, the likelihood of an accurate diagno-
sis is maximized, and regulatory standards for shipping
potential pathogens can be met. Pre-measured fixative vials
are available for all of the fixatives described below, and sim-
plify sample processing.

Regardless of the fixation method to be used, sample
quality can be improved with centrifugation, or sieving
followed by sedimentation. These methods remove water-
soluble pigments and debris, and concentrate parasite
forms. Diarrheic samples will benefit most by concentra-
tion. Ethyl acetate extraction is also useful for removing
excess lipid. Once washed or cleaned, droplets of the
unfixed sediment can be placed on slides for immediate
examination or dried for staining and the remainder of the
pellet fixed for shipment to a reference laboratory if neces-
sary. Regardless of the fixative used, samples must be well
mixed to ensure complete and uniform fixation of the
specimen.

Formalin

Formalin is a readily available fixative that rapidly kills
most pathogens, thus decreasing the zoonotic concerns of
handling fecal samples. Formalin is not suitable for identi-
fying whole helminths because it makes worms brittle and
may interfere with special stains. Formalin fixation also
may change the density of parasite structures such that
recovery with flotation solutions is decreased. Flotation
solutions of higher specific gravity (1.23-1.25) provide
optimal recovery of formalin-fixed helminth eggs. Many
fecal antigen tests are designed for use with formalin-fixed
specimens, but this is not universal and must be verified
before use. Also, formalin fixation results in cross-linking
of many proteins associated with DNA. This may preclude
using formalin-fixed specimens in polymerase chain
reaction (PCR)-based assays. For fixation of fecal samples,
5% to 10% neutral buffered formalin solutions (NBF) are
most commonly used.

Schaudin’s fluid

Schaudin’s fluid or fixative is used in-house and for fixing
specimens in preparation for shipment. Droplets of a mix-
ture of fresh feces and Schaudin’s fluid can be applied
directly to microscope slides for drying, then staining.
Schaudin-fixed samples are not used in concentration pro-
cedures. Specimens can be fixed when passed, or can be
prewashed as described below. The latter concentrates

parasite forms. Schaudin’s fixative provides excellent
morphological preservation of trophozoites and amoebic
cysts. Schaudin-fixed samples do not adhere well to glass
slides, and so must be handled gently. Also, Schaudin’s fix-
ative contains mercury and therefore must be handled with
caution. Newer preparations are available that employ zinc
or copper as a substitute. While there may be a slight
decline in the preservation of protozoal morphology, such
as the chromatin pattern of amoebic cysts, handling and
disposal of reagents with zinc or copper are less problem-
atic than for reagents containing mercury.

Polyvinyl alcohol

Polyvinyl alcohol (PVA) was developed to overcome
specimen adherence problems of Schaudin’s fixative.
While PVA fixation optimizes staining of some parasites,
particularly intestinal protozoa, other fixatives are pre-
ferred for concentration procedures. Because PVA is car-
cinogenic, it must be handled with caution.

Merthiolate-iodine-formalin
Merthiolate-iodine-formalin  (MIF) is commonly used
for fecal specimens to be examined as direct wet mounts or
following concentration techniques. It is not useful for
preparing permanent mounts or for fixing specimens prior
to staining. This fixative will also inactivate most
pathogens.

Sodium acetate-acetic acid-formalin

Sodium acetate-acetic acid-formalin (SAF) is a good com-
promise fixative for shipment of samples destined to be
processed either as permanent stains or concentration pro-
cedures. There may be a slight decline in protozoal
integrity compared to the use of Schaudin’s or PVA, but
SAF does not contain mercury. Samples fixed with SAF
can be stained with iron hematoxylin or trichrome stains.

Blood

Blood-borne parasites include the protozoan hemopara-
sites and the microfilariae (MF) of filarid nematodes, both
of which benefit from collection of blood with an antico-
agulant. Blood samples are also collected in tubes lacking
anticoagulant, for use for antigen and antibody tests. Pro-
tozoan hemoparasites are typically identified by micro-
scopic examination of stained blood smears. Thin films
can be prepared immediately or from preserved whole
blood. Most staining procedures can be performed on
films that have been fixed with methanol. Although MF
can often be found on blood films, adequate visualization



is difficult for identification to genus or species. Samples of
blood with an anticoagulant are necessary because the MF
cannot be removed from a clot for staining.

Collecting adequate blood from small animals can be
problematic. Following venipuncture, blood can be drawn
into a single hematocrit tube from which a blood smear
can immediately be made. The remainder can be cen-
trifuged for determination of packed cell volume. The tube
can then be scored and broken at the bufty coat for recov-
ery of MF, and the small quantity of serum or plasma can
be harvested for serology.

Urine

Urine samples can be collected and centrifuged to concen-
trate helminth eggs or microsporidia. These can be stored
in saline and refrigerated for days if they cannot be exam-
ined immediately. For longer periods, fixation with
10% NBF or 70% ethanol and 5% glycerin are useful
preservatives.

Tracheal Lavage Samples

Tracheal lavage samples should be collected from deep
within the respiratory tract, using sterile saline. Lavage
samples can be viscous in nature, and high viscosity can
interfere with sample processing. Viscous samples should
be mixed with a solution of 3% sodium hydroxide in
saline, then centrifuged to concentrate parasite forms.
Very thick mucus plugs can be subjected to ethyl
acetate sedimentation as described for fatty fecal samples.
Following centrifugation, samples can be preserved in
10% NBE 70% ethanol (for helminths), or PVA fixative
(for protozoa).

PARASITE COLLECTION AND
PRESERVATION

Helminths

Helminths collected during necropsy examinations or
passed directly by animals should be placed immediately
into a container of 70% ethanol heated to 60°C to 63°C.
This treatment will cause the helminths to straighten. Also,
adult cestodes and acanthocephalans will protrude the ros-
tellum or proboscis, respectively. Worms can then be trans-
ferred to 70% ethyl alcohol and 5% glycerin for long-term
storage.
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Arthropods

Macroscopically visible arthropods should be placed into
70%-90% ethanol. Formalin should not be used because
fixation in NBF renders arthropods brittle. Skin scrapings
can be collected directly onto microscope slides bearing a
drop of mineral oil. However, initial processing with 10%
potassium hydroxide (KOH) will facilitate visualization of
arthropods by rendering the keratin more transparent.
External parasites may frequently be recovered on clear
adhesive tape that is brushed across the animal’s fur, then
adhered to a microscope slide.

FECAL EXAMINATION TECHNIQUES
Direct Smear Method

The direct smear is used only with samples in which motile
trophozoites are suspected. The small quantity of sample
employed is inadequate for other diagnostic procedures.
The fecal sample should be either loose stool or diarrhea.
Formed feces are unlikely sources of trophozoites, since
under such conditions trophozoites either dehydrate and
become distorted or form cysts during normal intestinal
transit. Specimens must be examined immediately, before
low external temperatures decrease trophozoite motility.
Refrigeration of fecal samples renders trophozoites non-
motile and should not be used prior to preparing direct
smears.

Materials

* Microscope slide and coverslip
* Saline

* Fecal loop or applicator stick

* Lugol’s iodine

Method

1. Place a drop of saline on one end of a microscope slide
and a drop of Lugol’s iodine on the other.

2. Add a small quantity of fresh fecal specimen first to the
saline drop and mix thoroughly, then transfer a small
amount of the specimen to the Lugol’s iodine drop.

3. Place a coverslip over each mixture.

4. Examine the saline/sample side first, with the light
adjusted for ample contrast. Do not mistake Brownian
motion for motility. Examine the entire coverslip
using the 10 X objective, then 20 fields using the 40 X
objective.

5. Examine the drop with Lugol’s iodine for comparison.
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Interpretation

The direct smear is a method for finding motile tropho-
zoites. The quantity of sample used is so small that this
method is not likely to accurately reflect the range of para-
sites which may be discovered using a concentration tech-
nique. Even when a direct smear is found to be positive, a
concentration technique is still warranted to detect addi-
tional parasite forms. Not all protozoa observed in direct
smears are parasitic, and therefore responsible for the clini-
cal signs observed. During bouts of loose stool or diarrhea,
intestinal or cecal protozoa can be expelled that are not
normally seen during fecal examinations of asymptomatic
animals. This is particularly true with herbivores, includ-
ing reptiles and amphibians, because several ciliates and
flagellates participate in digestion. Unwarranted treatment
of these protozoa may alter the normal intestinal flora and
prolong the symptoms.

Fecal Concentration Methods

The recovery of fecal parasites is enhanced by concentra-
tion procedures. These include flotation and sedimenta-
tion techniques, both of which depend on differences in
specific gravity (sg) between the parasite form and the sur-
rounding solution. Flotation techniques concentrate para-
sites by employing hypertonic solutions so that parasite
forms rise to the surface of the flotation solution, while
most debris fall (Table 1.2).

Sedimentation techniques employ solutions less dense
than the parasites, so that parasite forms concentrate at the
bottom of the collection vessel. Sedimentation methods
generally allow for the recovery of more parasites than do
flotation methods. With sedimentation, everything can be
recovered, whereas with flotation techniques only those
items of lower specific gravity than the flotation medium
are recovered. Sedimentation techniques also are more eas-
ily performed in the field. In contrast, sedimentation has

TABLE 1.2 Common flotation solutions.

Solution Specific Gravity Ingredients/1 L H,O
Sodium chloride 1.20 311 g sodium chloride
Sodium nitrate 1.20 338 g sodium nitrate
Sodium nitrate 1.30 616 g sodium nitrate
Sugar 1.20 1170 g sugar™
Sheather’s sugar 1.27-1.30 1563 g sugar™

Zinc sulfate 1.20 493 g zinc sulfate

*Requires refrigeration of stock solution or addition of 9 ml phenol as
preservative

the disadvantage of greater debris, which can complicate
examination. Furthermore, when examining sediment,
one must focus through multiple focal planes because par-
asite forms will drift at different levels within the solution
between the slide and the coverslip. This results in longer
examination time, versus flotations.

Passive Flotation

Passive flotation relies solely on gravity to separate parasites
and debris, and is therefore much less sensitive than cen-
trifugal flotation (discussed below). The densities of many
parasite forms are too similar to those of the common
flotation media to be recovered without the added force
provided by centrifugation.

Although both zinc sulfate or sodium nitrate solutions
can be used, zinc sulfate is preferable to sodium nitrate
because the latter is more caustic and will degrade many
helminth eggs, as well as protozoan cysts. Additionally,
sodium nitrate solutions crystallize more quickly than zinc
sulfate, and crystallization can distort parasitic structures.

Common mistakes in performing passive flotation
include setting up multiple samples at one time and reading
each sample as time permits. This results in nonuniformity
in flotation time, and greater potential for crystallization to
render slides unreadable. To minimize crystallization, slides
may remain in place on top of the flotation apparatus until
they are ready to be read. However, exceeding the recom-
mended 15-minute flotation may result in salt solutions
equilibrating with the internal milieu of the egg or oocyst,
either by passive diffusion or by extraction of water into the
hypertonic float solution through osmotic forces. As a
result, eggs or oocysts will become distorted and no longer
buoyant, and may fall away from the microscope slide.
False negative results are more often obtained with the last
slides to be read.

If zinc sulfate solution is used, all of the slides could
be removed and coverslips applied at the 15 minute time
point. Slides should then be placed on a rack in a simple
humidified chamber to decrease the rate of crystal forma-
tion (Figure 1.1). These slides can be removed from the
chamber and read as soon as possible, or the chamber
placed in a refrigerator to be read later in the day. All salt
solutions will crystallize, thus the timing of microscopy is
very important.

Materials
* Pill vial or sputum jar
* Small petri dish or watch glass



Fig. 1.1 A simple humidified chamber can be assembled to decrease
the rate of crystal formation of flotation solutions.

Disposable cup

Applicator sticks

Flotation medium (1.20 sg)

* Microscope slides and coverslips
¢ Tea strainer

Method

1. Place 2 to 3 g of fecal sample in the disposable plastic
cup using the applicator sticks.

2. Add a small quantity of flotation medium and mix
into a slurry.

3. Continue adding flotation medium, stirring to mix
thoroughly.

4. Place the pill vial in the small petri dish as a guard
against overflow.

5. Pour the mixture through the tea strainer into the pill
vial, stirring with the applicator sticks to facilitate
flow through the strainer.

6. Add drops of the float medium until a slight, bulging
meniscus forms above the rim of the vial.

7. Place the microscope slide on top of the meniscus.

8. Allow 15 minutes for parasite forms to rise to the
surface.

9. Gently lift the slide from the pill vial, invert the slide,
and place a coverslip on the droplets of sample adher-
ing to the slide.

10. Examine the entire coverslip using the 10 X objective,
followed by 20 fields using the 40 X objective.
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Interpretation

Passive flotation can be used effectively when the techni-
cian understands the limitations of the technique. Only a
small subset of parasite forms will be recovered even when
the technique is performed optimally. Strongyle-type eggs
and coccidian oocysts are often passed in sufficient num-
bers that the poor sensitivity of passive flotation is over-
come during routine fecal screening. Other parasite forms
may not be sufficiently recovered. For this reason, passive
flotation is not the diagnostic method of choice where
accuracy is required.

Centrifugal Flotation

Centrifugal flotation is more sensitive than passive flota-
tion because it magnifies gravitational forces, thereby
accelerating the downward movement of more dense
debris and the upward movement of less dense parasite
forms.

The basic process of preparing a fecal sample for cen-
trifugation is identical regardless of the flotation medium
to be used. The sample should first be centrifuged with
water to remove water-soluble pigments, free lipids, and
other small debris.

Flotation solutions range from 1.20-1.30 sg (Table 1.2).
The preferred salt solution for examination of fecal
samples from carnivores is zinc sulfate at 1.20 sg. Zinc sul-
fate is sufficiently gentle to protozoal cysts that it enhances
their recovery without distortion. Zinc sulfate at 1.20 is
less effective at recovery of very dense parasite forms, such
as Physaloptera eggs. For improved visualization of Giardia
cysts, drops of Lugol’s iodine can be added to the fecal pel-
let and mixed thoroughly for 30 seconds prior to addition
of the zinc sulfate.

In general, sugar solutions are less sensitive than
zinc sulfate. Sugar solutions are more viscous than salt
solutions, and therefore are not very useful for passive flota-
tion. Sugar solutions should be prepared with a preservative
(e.g. formalin) to retard bacterial or yeast growth, since
digestion of the sugar molecules will lower the specific grav-
ity. Sheather’s sugar is a more concentrated or super-satu-
rated solution (1.30 sg) that is particularly suited for
recovery of Cryptosporidium sp. oocysts.

Sugar solutions are superior to salt solutions in many
ways. Sugar solutions are less expensive to make, do not
distort eggs or oocysts to the same degree as salt solutions,
and will not crystallize rapidly. The latter advantages mean
that prepared slides may be refrigerated for days prior to
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examination, without loss of parasite structural integrity.
Sugar solutions are particularly useful for processing herbi-
vore fecal samples. Flotation solutions should be compared
through side-by-side preparations using known positive
samples.

Centrifuges with swinging bucket rotors are preferred
because they allow each tube to be filled more than is possible
with fixed-head rotors. Many diagnosticians prefer to place
the coverslip on the sample tube during the centrifugation
steps. This is not possible with fixed-head rotors. Because
small vibrations can cause a coverslip to be lost during cen-
trifugation, many laboratories perform the centrifugations
with the fluid level in the tube at the maximum possible, then
transfer the tube into a stationary rack before placing the cov-
erslip on the sample to allow parasite stages to adhere to the
coverslip. Sensitivities are equivalent for the two variations,
and the difference in time required is negligible.

Materials

* Disposable plastic cups

* Applicator sticks

* Water or saline for washing

* Plastic centrifuge tubes and screens

* Centrifuge; swinging-bucket preferred, but fixed-head is
also possible

* Test tube rack

* Flotation solution

Method

1. Place 2 to 3 g of feces in a disposable plastic cup. Mix
very well with a small quantity of water and when
mixed thoroughly, increase quantity of water to create
a loose slurry. The quantity of water used should be
approximately the volume of the centrifuge tube
being used (approximately 15 ml).

2. Pour this mixture through a screen into a centrifuge
tube and assist the passage through the screen by agi-
tating with the applicator sticks.

3. Bring the volume of water in the sample tube to the
top of the centrifuge tube, and equal to the volume in
a second (balance) tube.

4. Centrifuge at 400 g for 3—5 minutes.

5. Remove sample tube from centrifuge and decant
supernatant. If it is difficult to visualize the pellet
apart from the supernatant, repeat this washing step
by mixing the pellet thoroughly with water or saline a
second or third time until the supernatant is clear.

6. Place a small drop of the washed pellet onto a micro-
scope slide and examine as a sediment, or dry for
staining.

7. Mix the remainder of the pellet thoroughly with a
small volume of the flotation solution of choice, until
a loose paste is achieved.

8. Bring the volume of the flotation solution to within
millimeters of the rim of the centrifuge tube. Return
the tube to the centrifuge. Place a balance tube oppo-
site the sample tube. The specific gravity of water is
only 1.00, thus a separate balance tube for flotation
solutions is necessary.

9. Centrifuge for 5 minutes; 10 minutes if anticipating
Cryptosporidium oocysts.

10. Transfer the tubes from the centrifuge to a test tube
rack.

11. Add drops of the flotation solution to the top of the
tube until a slightly bulging meniscus is formed. Do
not overfill the tube because the floating parasite
stages will be lost.

12. Place a coverslip on the slightly bulging meniscus and
allow to stand 10 additional minutes.

13. Remove the coverslip to a microscope slide for
examination.

Interpretation

Common mistakes in the performance of centrifugal flota-

tion, which result in false negative results include:

1. Failure to thoroughly mix the sample with water
prior to passage through the screen into the centrifuge
tube, resulting in failure of parasite forms to pass
through the screen. Often, too much water is added
initially, so that the fecal sample drifts about without
breaking apart.

2. Failure to stir or agitate the fecal slurry as it passes
through the screen, rather than allowing it to simply
drip through the tube, resulting in the buildup of
debris on the screen that traps the suspended eggs or
oocysts. This mat must be disrupted by stirring with
the applicator sticks.

3. Failure to mix the pellet formed after centrifugation with
a small quantity of flotation medium before filling the
tube. The pellet is difficult to mix when the tube is too
full with solution. Failure to mix adequately will trap any
eggs or oocysts within the pellet, reducing sensitivity.

4. Opverfilling the tube so that instead of forming a menis-

cus, parasite forms spill out of the tube and are lost.



Baermann Sedimentation

The Baermann technique uses simple gravity sedimenta-
tion to recover nematode larvae, either from a fecal culture
or from tissue digests that liberate any larvae that may be
present. The sample is placed into a funnel with warm
water to facilitate nematode motility. Pulmonary tissues
may be homogenized in a blender to recover lungworms,
and diaphragm or other muscle tissues may be homoge-
nized and placed in a Baermann apparatus for recovery of
Trichinella spiralis larvae.

Materials

* Fine screen mesh or sieve, nylon coffee filter, or
cheesecloth

* Funnel with latex tubing attached, with clamp

* Ring stand to hold funnel

* Collection tube

* Dish to collect spillage

* Petri plate for microscopic examination of the collected
sediment

* Warm water to fill the Baermann apparatus

Method

1. Place clamp on latex tubing in open position and
attach one end of the tubing to the funnel.

2. Insert collecting tube into the other end.

Place funnel assembly into a ring stand.

4. Add warm water to fill latex tubing and collecting tube
until the funnel is half full.

5. Loosely wrap fecal or tissue sample in cheesecloth or
place into sieve or coffee filter.

6. Place the sample into the funnel and gently fill with
warm water until the sample is covered.

7. Leave the sample in the funnel for 12 to 18 hours.

8. Clamp the latex tube to prevent excess water from drain-
ing when the collecting tube is removed from the latex.

9. Decant the collected volume into a petri plate and
examine this sediment for larvae.

B

Interpretation

The Baermann sedimentation is a technique often
requested inappropriately due to a misunderstanding of its
strengths and weaknesses. Historically, the Baermann has
been used to recover cattle lungworm and strongylid larvae
from feces. These larvae are very active and will swim free of
the fecal sample. With parasitic infections that pass eggs or
oocysts, or less active larvae, the Baermann sedimentation is
far less sensitive than centrifugal flotation techniques. The
first-stage larvae of most Metastrongyloidea are not active
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enough to free themselves from the feces in which they
were passed, since these nematodes use gastropods as inter-
mediate hosts. Gastropods are drawn to feces for the
nitrogenous meal that feces can provide, thus active larvae
that leave the feces are less likely to be consumed by gas-
tropods. This feature favors larvae that remain with the
feces. In contrast, cattle lungworms and larvae of strongylid
nematodes develop directly on pasture without an interme-
diate host. Larvae of these nematodes more actively extri-
cate themselves from the fecal sample.

Simple Gravity Sedimentation

Simple gravity sedimentation can be performed without a
centrifuge and is intended to collect parasite eggs too dense
to recover with common flotation media, such as eggs of
Fasciola hepatica. It also cleans some debris and water-
soluble pigments in the process of decanting. The process
involves a two-step sedimentation and decanting method
whereby the first step follows a brief sedimentation that
removes the densest debris while the parasite forms remain
in the water column that is decanted into a second vessel
for the second, longer sedimentation step. A pilsner glass
or funnel-shaped vessel provides an advantage over a flat-
bottom beaker in that the sediment is concentrated into
the narrow bottom of the pilsner glass.

Materials

* Fecal sample and mixing container

* Water or saline

* Pilsner glasses or conical, round-bottomed vessels,
approximately 250 ml capacity

* Petri dish for microscopic examination

* Methylene blue as an optional stain

Method

1. Mix the fecal sample in a container using water or
saline of the approximate volume of the pilsner glass or
other vessel.

2. Suspend the sample well and pour into the pilsner
glass.

3. Allow the heaviest debris to sediment for about
2 minutes.

4. Decant the suspended sample into the second pilsner
glass and allow this to sediment for at least 2 hours.

5. Decant the supernatant carefully so as to leave the sedi-
ment undisturbed.

6. Pour aliquots of the sediment into a petri dish and exam-
ine with a dissecting microscope. Several drops of meth-
ylene blue can add contrast to aid in visualization.
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Interpretation

This sedimentation technique is applicable for heavy eggs,
such as those of Fasciola hepatica or Schistosoma sp. It is
readily applicable to field work.

Formalin-ethyl Acetate Sedimentation

Formalin-ethyl acetate sedimentation uses ethyl acetate as a
non-miscible solvent to extract lipid from feces. Ethyl
acetate forms a layer above the water or saline. The extracted
portion of lipid is drawn into the ethyl acetate plug and can
be discarded with the supernatant (Figure 1.2).

Formalin-ethyl acetate sedimentation is useful for
cleaning steatorrhea or other diarrheic feces, thereby facili-
tating microscopic examination. The pellet can be exam-
ined directly, to prepare smears for staining, or for flotation
procedures. Formalin-ethyl acetate sedimentation is highly
efficient in recovering all parasite forms, including tropho-
zoites, cysts, oocysts, eggs, and larvae. It is commonly used
in human diagnostic laboratories. Formalin is used to kill
any pathogens present, but water or saline can be
employed to retain motility of protozoan trophozoites as
an aid in identification. The use of formalin is most desir-
able where the concern of zoonotic disease is high, such as
with non-human primates.

Most common intestinal parasites can be recovered
using flotation techniques; however, sedimentation proce-
dures are warranted where test sensitivity must be maxi-
mized. Viewing sediments can be tedious due to the range
of focal planes that must be traversed. Formalin-ethyl
acetate sedimentation, followed by centrifugal flotation,
results in high sensitivity and economy of effort.

Materials

* Phosphate buffered saline (PBS) with or without 10%
formalin (water can be used when trophozoites are not
anticipated)

* Disposable plastic cup for mixing the fecal sample

* Applicator or stir sticks

* Polypropylene centrifuge tubes with caps

e Filter funnel

* Ethyl acetate

* Cotton swabs

Method

1. Place sample in a sealable container; add PBS with 10%
NBE Allow approximately 20 minutes for fixation.

2. Pour the sample through the filter screen into a
polypropylene centrifuge tube to a volume of 10 ml.

Fig. 1.2 Formalin—ethyl acetate sedimentation. Ethyl acetate forms a
layer above the water or saline. The extracted portion of lipid is drawn
into the ethyl acetate plug and can be discarded with the supernatant.

Polypropylene tubes are necessary due to the solvent
activity of the ethyl acetate.

3. Add 3 ml of ethyl acetate to the sample; cap and shake
vigorously to mix.

4. Centrifuge at 1,000 rpm for 5 to 10 minutes (10 min-
utes if Cryptosporidium is suspected).

5. Remove the tube from the centrifuge, remove the cap,
and, using a stir stick, ring the plug of ethyl acetate and
any trapped debris, freeing the plug from the wall of
the centrifuge tube.

6. Decant the supernatant and ethyl acetate plug into a
disposal container that will not be degraded by the
ethyl acetate.
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7. Using a cotton swab, remove residual ethyl acetate
around the tube or perform another washing step to
clean the pellet of any additional ethyl acetate droplets.
These droplets can resemble amoebic cysts and confuse
the microscopic interpretation.

8. Add a small amount of saline to the pellet and
resuspend.

9. Place drops of this suspension on a microscope slide,
place a coverslip on top, and examine.

Interpretation

The ethyl acetate plug can trap some eggs and cysts.
Specific examples include Alaria canis and Giardia intesti-
nalis. Ethyl acetate must not be discarded into municipal
sewage systems but must be collected for disposal through
an appropriate chemical processing system. For this reason
alone, many laboratories may find it preferable to do sev-
eral washing steps with saline or tap water to remove free
lipid droplets and water-soluble pigments, instead of per-
forming formalin-ethyl acetate sedimentation.

Fecal Stains

Preparation of slides for staining should be part of a rou-
tine diagnostic workup for symptomatic patients, but it
serves little purpose for asymptomatic animals. Once pre-
pared, the slides can be stained or held pending results of
flotation or sedimentation procedures. Slides can also be
prepared from the cleaned fecal pellet prior to the final
centrifugation with the flotation medium.

Basic staining procedures adaptable to most laborato-
ries include the Gram stain and the modified acid-fast stain.
More specialized stains, such as Gomori’s trichrome or Mas-
son’s trichrome stains, and the iron hematoxylin stain, can
be included in the repertoire if consistent need dictates.
Otherwise, it is generally more expedient and reliable to
send fixed slides or samples to specialized laboratories that
perform these techniques regularly. The shelf-life of reagents
affects the decision whether to perform specialized stains in-
house or to outsource them. Older reagents give unsatisfac-
tory results. The Gram stain can be used for differentiating
Giardia sp. from Candida-like, elliptical yeast, which stain
Gram positive, whereas Giardia contain both positive and
negative structures within the cyst. The method for per-
forming the Gram stain is presented in microbiology labora-
tory manuals and will not be described here.
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Modified Acid-fast Stain

The modified acid-fast stain can be used to detect Cryp-
tosporidium sp. and fecal microsporidia. This procedure
does not require heating of the slide or stain and uses a
brilliant green counterstain, which facilitates visualization.

Materials

* Microscope slides, coverslip optional
* Absolute methanol

¢ Carbol fuchsin stain

¢ Acid alcohol decolorizer

* Brilliant green stain

¢ Immersion oil

Method
1. Air dry droplets of the fecal sample or smear on a clean
glass slide.

2. Fix the dried slide in methanol for 2 minutes.

3. Cover the fecal smear with carbol fuchsin for
2 minutes.

4. Rinse gently with tap water.

5. Apply drops of the acid alcohol decolorizer for 1 to
6 seconds.

6. Rinse gently with tap water.

7. Cover the smear with brilliant green counterstain for
2 minutes.

8. Rinse gently with tap water, then blot or air dry until
ready to examine microscopically.

Interpretation

The best results will be obtained when the fecal sample has
been washed by centrifugations with water, or subjected to
the ethyl acetate extraction process prior to placing droplets
on slides. Smears must be uniformly thin and translucent
for even decolorization, otherwise over-decolorization can
result in false negatives.

The staining procedure is easy to perform but does
require perfecting several steps in the process. Thin, homo-
geneous smears are very important because small particles
of debris will leach carbol fuchsin during the decolorizing
step and this may lead to excessive decolorizing time.
A positive sample should be obtained and used to perfect
the technique.

When the slide is dry it can be examined with oil
immersion, but the red-stained oocysts are readily visible
with lower power objectives. Place a drop of immersion
oil on the stained sample before adding a coverslip. This
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compensates for light refraction from an otherwise irregu-
lar surface, and facilitates identification of stained oocysts.

Antigen and Fluorescent Antibody
Diagnostics

Parasite antigens pass in feces and in some cases, are more
readily identified using antigen tests than are parasite forms
using microscopic examination. Test procedures include
direct and indirect immunofluorescent antibodies directed
at parasite antigens, enzyme immunoassays, and membrane
chromatographic assays. Fluorescent antibodies directed
against parasite antigens facilitate detection, but require
use of a microscope with a UV light source. Enzyme
immunoassays are labor intensive and are therefore most
susceptible to operator error. Rapid chromatographic
membrane assays are the most applicable to a typical diag-
nostic laboratory. They are very simple to perform but are
more expensive per individual than enzyme immunoassay.

Antigen tests are not intended to replace microscopic
examination, but to serve as useful adjuncts to microscopy.
Eggs, oocysts, and larvae that do not react with the primary
antibodies used in the assay will go undetected if an antigen
test is used as the sole diagnostic procedure. However, some
protozoan cysts or oocysts are not passed consistently, result-
ing in the need to perform multiple fecal examinations to
ensure accurate diagnostic outcome. This is particularly true
for the genera Giardia, Cryptosporidium, and Entamoeba. In
these cases, antigen detection tests may facilitate diagnosis.

Most of the commercially available tests for fecal anti-
gen detection are marketed for human diagnostics. The
range of commercially available antigen detection kits
applicable to laboratory animals is limited. Lists of cur-
rently available commercial human parasite antigen detec-
tion kits are available online through the Centers for
Disease Control and Prevention.

DETECTION OF MICROFILARIA

Filarid nematodes produce MF that are ingested by biting
arthropod intermediate hosts during a blood meal.
Depending upon parasite species, blood or tissue samples
may be collected and processed for the recovery and identi-
fication of ME For select filarid infections of animals,
antigen detection is possible using commercially available
antigen detection kits such as for Dirofilaria immitis.
These may be used regardless of host species. In contrast,

detection kits that recognize host antibodies generated
to parasite-specific antigens rarely have cross-species
applications.

Blood

For large animals, a 1 ml venous blood sample provides
sufficient sample for testing. For animals too small to pro-
vide this volume, a microhematocrit tube can be filled,
and, following centrifugation, the tube placed on a micro-
scope stage and the area of the buffy coat examined for MFE.
The interface between the buffy coat and the plasma frac-
tion is most productive. The microhematocrit tube can be
scored and broken at this junction to harvest any MF that
may be present, saving the red cells for blood films and the
serum or plasma for other tests.

Direct Smear or Wet Mount

The volume used in preparing a wet mount is so small that
this is not intended to serve as a definitive diagnostic test,
but merely as a quick screening tool for the presence of ME

Materials
e Saline
* Applicator stick

* Microscope slides and coverslips

Method

1. Place a drop of saline on a microscope slide.

2. Mix a drop of the blood sample into the saline droplet.
3. Apply a coverslip and examine for ME

Interpretation

A wet mount typically will not provide sufficient visualiza-
tion to make identification of genus or species possible.
Saline is important to dilute the red cells without ruptur-
ing them, as might a hypotonic solution. Samples that
have been refrigerated may require brief warming for MF
to resume activity.

Modified Knott’s Test

The modified Knott’s test uses a hypotonic solution to lyse
red blood cells (RBC), leaving the white blood cells
(WBC) and MF intact. A solution of 2% formalin in
distilled water is often used to straighten the ME facilitat-
ing identification. If visualization alone is desired, using
distilled water without formalin allows the MF to continue
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moving, which can aid in detection. A centrifuge is most
desirable for pelleting the lysate, but recovery of MF can be
achieved by passive sedimentation.

Materials

* Centrifuge tubes, 12 to 15 ml

* Lysing and fixative solution (2% formalin/distilled
water)

* 0.1% new methylene blue

* Microscope slides and coverslips

Method

1. Add 1 ml of blood to a centrifuge tube.

2. Add 9 ml of hypotonic lysing buffer (2% formalin/
distilled water).

3. Invert the tube several times, causing the RBCs to
rupture.

4. Centrifuge for 3—5 minutes at low speed.

5. Decant the supernatant carefully to retain the pellet in
the bottom of the tube.

6. Add a drop of 0.1% new methylene blue and mix with
the pellet.

7. Place a drop of this mixture on a microscope slide and
coverslip for examination.

Polycarbonate Filter Technique

The polycarbonate filter technique uses a filter and filter
housing unit as components of a commercially available
kit. Therefore, this test is more expensive to perform than
the Knott’s test. However, the polycarbonate filter tech-
nique does not require a centrifuge. MF can be recovered,
but it is not as easily visualized and identified to species as
with the Knott’s test. The polycarbonate filter technique is
intended to detect only the presence of MF in animals
known or suspected to be infected with adult filarid nema-
todes, such as dogs already determined to be antigen posi-
tive for Dirofilaria immitis infection.

Materials

Syringe, 12 to 15 ml

Filter housing and filters

0.1% methylene blue

Lysing buffer (distilled water will suffice)
* Microscope slides and coverslips

Method
1. Draw 1 ml of blood into a 12 to 15 ml syringe.
2. Draw at least 9 ml lysing buffer into the syringe.
3. Invert for 2 minutes.
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4. Place polycarbonate filter into filter holder, verifying
that the gasket seal is in place.
5. Affix the filter apparatus to the syringe.
6. Slowly expel the lysed blood solution through the filter.
7. Remove the filter apparatus and refill the syringe with
water.
8. Replace the filter apparatus onto the syringe.
9. Slowly expel the wash water through the filter to
remove excess debris.
10. Remove the filter apparatus and refill the syringe
with air.
11. Reattach the filter apparatus and flush the filter
with air.
12. Remove the filter from the holder and place on a micro-
scope slide with the side containing MF facing up.
13. Add a drop or two of methylene blue solution.
14. Place a coverslip on the liquid and examine for ME

Interpretation

The polycarbonate filter technique is used when the genus
or species of the ME, if present, is known. Clear visualiza-
tion of ME for identification of genus or species, requires
the Knott’s test.

Skin Samples

Some arthropods which transmit filarid nematodes feed on
serum or plasma rather than whole blood. In these cases,
MF are found within tissues such as the skin, rather than
circulating in the blood stream. Skin biopsies must be
processed to free the MF for visualization.

Materials

* Skin biopsy instruments

Scalpel blades

* Pipettes

* Saline without preservative

* Microscope slides and coverslips

* Centrifuge tubes, 15 to 50 ml depending on sample size

Method

1. Macerate biopsy sample using a scalpel blade.

2. Place macerated material into a centrifuge tube with
saline.

3. Incubate overnight at 37°C.

4. Remove tissue, then centrifuge for 3 to 5 minutes at
low speed.

5. Carefully decant supernatant.
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6. Using a pipette, place drops of the sediment on a
microscope slide.

7. Place a coverslip on the drops and examine at low
power (10 X objective).

Interpretation

The tissue sample does not need to be finely homogenized
because the MF have motility and can extricate themselves
from the macerated sample. The tube does need incuba-
tion near body temperature to facilitate motility.

MICROSCOPY TECHNIQUES

Standard Practice for Reading
Microscope Slides

A standard approach to microscopic examinations of pre-
pared specimens is essential for effective and efficient diag-
noses of parasitic infections.

For fecal examinations, the 10 X objective is most
commonly used, and the entire coverslip is examined sys-
tematically. Beginning at one corner of the coverslip, the
slide is moved either vertically or horizontally in a direct
line to the other corner of the coverslip. A mental notation
is made of a small object just at the edge of the optical field,
and the slide is moved just far enough to bring the object to
the boundary of the new optical field. The objective is
moved in a direct line back across the coverslip. The process
is repeated until the entire coverslip has been examined
with the 10 X objective. During these direct horizontal or
vertical sweeps, the operator must learn to use the fine focus
adjustment to change focal planes continuously because the
smallest objects will be visible in different focal planes than
those of larger diameter. Once the entire coverslip has been
examined with the 10 X objective, 20 random fields should

be examined with the 40 X objective, again, using the fine
adjustment to compensate for changes in focal plane.

For blood films, or permanent mounts to be exam-
ined with the oil immersion lens (typically the 100 X
objective), each laboratory must establish a standard num-
ber of fields to be examined, or a standard number of
sweeps across the coverslip. The size of coverslip used
should also be standardized. Coverslip dimensions of 22 X
22 mm are most commonly used. Larger sizes may have
special application, but are too large for standard use.

Use of the Ocular Micrometer

An ocular micrometer is essential for accurate diagnoses.
Measurements are often important for differentiating par-
asites from pseudoparasites, such as differentiating a grain
mite egg from a parasitic strongyle-type egg. Differentiat-
ing larvae in a fecal sample or MF recovered from a Knott’s
test relies on measurements. A micrometer is placed in one
of the ocular pieces of the microscope. The micrometer
must be calibrated using a standardized, commercially
available, etched microscope slide. Parasite eggs and
oocysts are described in reference texts within a range of
measurements because the area under the coverslip is
three-dimensional, and eggs or oocysts can rotate within
that space, so that objects may be viewed and measured
while lying at different angles.
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INTRODUCTION

Protozoa are single-celled eukaryotes. They are a struc-
turally and genetically diverse multiphyletic group of
organisms (Figures 2.1, 2.2, 2.3, and 2.4)"*3. Many proto-
zoa have features in common with fungi or algae, and the
term “protist” is often used instead of “protozoa’ to
empbhasize this fact.

FLAGELLATES: PHYLA EUGLENOZOA,
PARABASALIA, RETORTAMONADA,
AXOSTYLATA, CHROMISTA

Flagellated protozoans, sometimes referred to as
“mastigophorans,” can be either free-living or parasitic.
The major groups which contain parasitic species are the
kinetoplastid flagellates, parabasalians, and retortamonads;
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these group names are sometimes elevated to class or
phylum by various taxonomists®.

Special Organelles

Whereas free-living flagellates typically possess a full com-
plement of organelles, many parasitic flagellates lack one
or more common organelles, and instead possess unique
structures. For example, the trophozoite stage of most flag-
ellates contains one nucleus, whereas Giardia spp. are bin-
ucleated (Figure 2.5)°.

The kinetoplastid flagellates (e.g., Leishmania spp.,
Trypanosoma spp.) contain a unique structure, the kineto-
plast. The kinetoplast is a large mass of mitochondrial
DNA positioned near the flagellar basal body. Kinetoplast
DNA exists as mini- and maxicircles and is located at one
end of the cell’s single mitochondrion®, which is sometimes
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Fig. 2.1 Examples of diversity among protozoal cysts. (A) Cyst of
aciliate. (B) Cyst of a flagellate. (C) Cyst of an amoeba.

Fig. 2.2 Examples of diversity among protozoal trophozoites.
(A) Trophozoite of a ciliate. (B) Trophozoite of an amoeba. (C) and (D)
Trophozoites of flagellates.

referred to as the chondriome. Kinetoplast DNA readily
stains with traditional DNA stains, and is easily observable
under light microscopy. The glycosome is another organelle
unique to some developmental stages of kinetoplastid flag-
ellates. This membrane-bound organelle contains enzymes
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Fig. 2.3 A group of Toxoplasma gondii tachyzoites in a para-
sitophorous vacuole (PV) in a human fibroblast cell. The apical end (C)
is clearly visible in 1 tachyzoite. The nucleus (N), rhoptries (R), and
dense granules (D) are also readily visible in several tachyzoites. Trans-
mission electron micrograph. Bar = 2 micrometers.

that function in the glycolytic pathway, and thus it is
responsible for efficient, compartmentalized oxidation of
glucose, resulting in high rates of glycolysis’.

The parabasalians (e.g., Tritrichomonas spp., His-
tomonas spp.) possess an array of cellular features (e.g.,
nucleus, flagella, basal bodies, axostyle, costa, parabasal
body, parabasal fiber) organized into a “karyomastigont
system”® (Figure 2.6). The axostyle is a bundle of parallel,
cross-linked microtubules extending from the anterior
basal bodies of the flagella to the posterior end of
the cell. The costa is a flexible rod-like structure with a
striated appearance. It also originates near the anterior end
of the cell and extends posteriorly. Functionally, the
parabasal body is a large Golgi complex visible under light
microscopy. It is associated with a parabasal fiber which
originates near the anterior basal bodies. Trichomonad
parabasalians lack mitochondria and instead possess
hydrogenosomes. These are membrane-bound organelles
that metabolize sugars and produce H, as an end product’.
Ingestion of nutrients by many flagellates is typically
by pinocytosis, although some use a cytostome (e.g.,

Chilomastix spp.).



Fig. 2.4 Sporulated oocyst of coccidia. (A) Eimeria type. Bar = 10 p. (B) Cystoisospora type. Bar = 10 p. (C) Cryptosporidium type. Bar = 5 p1. (A)
Reproduced from Lindsay, D.S., Upton, S.J., and Hildreth, M.B. (1999) with permission. (B) Reproduced from Lindsay, D.S., Upton, S.]., and
Dubey, J.P. (1999) with permission. (C) Reproduced from Lindsay, D.S., Upton, S.J., Owens, D.S., Morgan, U.M., Mead, ].R., and Blagburn, B.L.

(2000) with permission.

Fig. 2.5 Trophozoites of Giardia sp. Giemsa-stained intestinal smear
from a hamster.
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Fig. 2.6 Trichomonad. Note the undulating membrane (arrow).
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Locomotion

Most flagellates possess one or more flagella; however, a
few parasitic species have no visible external flagellum
(e.g., Dientamoeba spp. and amastigotes of kinetoplastid
flagellates)'®. Flagella, although usually longer, are struc-
turally similar to cilia in that they contain a 9 + 2 arrange-
ment of microtubules. Most flagellates move by beating
flagella in an undulating, whip-like, ATP-dependent man-
ner. In some species, the flagellum is modified to form an
“undulating membrane” such that an expanded membrane
connects the flagellum to the cell surface. The result is a
cell that appears to have a ruffled or curled area on one
edge. A few flagellates have no external flagellum, although
they retain basal bodies. Some species (e.g., Dientamoeba
[ragilis and Histomonas meleagridis) move in an amoeboid
manner.

Life Cycles

The majority of flagellates reproduce by longitudinal
binary fission. Sexual reproduction is practiced by very few
species'!. Intestinal dwellers are usually extracellular and
are transmitted by the fecal-oral route. Most enteric flagel-
lates encyst before exiting the host; and nuclear multiplica-
tion in the cyst may (e.g., Giardia spp.), or may not (e.g.,
Chilomastix spp.), occur. In one group, encystment is
linked to production of hormones by the host so that the
life cycles of protozoan (e.g., Opalina spp.) and host are
linked. A few species (e.g., Dientamoeba fragilis, His-
tomonas meleagridis) do not encyst, and transfer to the next
host relies on rapid transmission of trophozoites or other
means, such as transfer via nematode eggs.

Kinetoplastid flagellates live in the extra- or intracel-
lular environment, depending on the parasite species.
Some (e.g., Trypanosoma cruzi, Leishmania spp.) have both
intracellular (amastigote) and extracellular (trypomasti-
gote, promastigote) stages in their life cycles. Most of these
blood and tissue parasites rely on a hematophagous vector
(arthropods, leeches) for transmission to a new host.
In some kinetoplastid species, distinct developmental
stages occur in the vector, while other species undergo no
development but merely use the vector for mechanical
transmission to the next host. Antigenic variation during
developmental stages is a well known phenomenon'%.
A few important flagellated parasites, including 7ritr-
ichomonas foetus and Trypanosoma equiperdum, are venere-
ally transmitted.
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AMOEBA: PHYLUM HETEROLOBOSA

This phylum contains free-living, parasitic, and oppor-
tunistically parasitic amoebae, also commonly called “sar-
codines.” Phyla that contain species that are not parasitic
in laboratory animals are not included here. Genera with
the greatest medical and veterinary importance include
Acanthamoeba spp., Entamoeba spp., and Naegleria spp.
Many enteric amoebae are obligate commensals and not
associated with disease.

Special Organelles

Amoebae are noted for possessing pseudopods for locomo-
tion and food capture and ingestion, a single type of
nucleus, and a lack of centrioles and cytoplasmic micro-
tubules, though they do possess mitotic spindle micro-
tubules. Pseudopods possessed by amoebae include (a)
lobose pseudopods, which are transitory, cytoplasmic exten-
sions with blunt or pointed ends, (b) actinopods, which are
pointed and contain extrusomes and an inner core of micro-
tubules, (c) filopods, which are very slender and filiform,
and (d) reticulopods, which are web-like networks.

Many amoebae have two distinct regions of the cell.
The ectoplasm is an outer, clearer, more viscous region sur-
rounding the second distinct region, the endoplasm. The
endoplasm is less viscous cytoplasm, and therefore appears
denser. Some species have no identifiable anterior region of
the cell unless the cell is moving; the anterior region then
appears at the leading edge. The posterior region of the cell,
the “uroid,” is where myosin filaments are often concen-
trated. Actin microfilaments are found in the ectoplasmic
regions. Most amoebae contain Golgi bodies, contractile
vacuoles, food vacuoles, and mitochondria.

Amoebae obtain dissolved nutrients by pinocytosis,
and larger particulate nutrients by phagocytosis. In both
processes, invagination of the cell membrane occurs so that
food enters the cell in a food vacuole that is completed when
the membrane pinches off. Invagination of the membrane is
accomplished through an actin-myosin system'. Several
species of amoebae form a more prominent ingestion area,
the amoebostome, which is large, rounded, and cup-shaped.
Digestion in the food vacuole is initiated by hydrolytic
enzymes, and waste products are released from the cell
by exocytosis. Ingestion of prey is more complex for amoe-
bae with axopods. Many species of parasitic amoebae con-
tain a glycogen vacuole, which is a storage depot for
carbohydrates.
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Amocebae living in hypo-osmotic environments
osmoregulate by use of a contractile vacuole. This
organelle usually has no permanent position in the cell.
The contractile vacuole can be visualized with light
microscopy when it increases in size'“.

The nuclear structure of amoebae is diverse and
species-specific. For example, Entamoeba spp. possess
chromatin “granules” which may be circularly arranged
adjacent to the inner nuclear membrane, or may be
arranged in coarse clumps. This type of chromatin con-
tains rRNA genes undergoing transcription, can be seen in
stained slides, and the arrangement of the chromatin can
be species-specific!®. Additionally, some species possess a
round, RNA-rich karyosome (endosome) which persists
during mitosis and whose function is not known. The
cysts of still other species possess a chromatoidal bar whose
shape is of taxonomic importance. This bar is usually more
noticeable in younger cysts and is formed from the crystal-
lization of ribonucleoproteins arising from small, cytoplas-
mic helical bodies.

Locomotion

Most amoebae move by use of pseudopods, which are
cytoplasmic extensions that can have a fixed or non-fixed
position (Figure 2.7). Nearly all parasitic amoebae possess
lobose pseudopods, which have a globular shape with
rounded (e.g., Entamoeba spp., Naegleria spp.) or pointed
(e.g., Acanthamoeba spp.) ends. Some species have only
one pseudopod (monopodial) while others have two or
more (polypodial).

During movement, a clear, hyaline, somewhat rigid
cap forms at the leading edge of the lobose pseudopod.
Endoplasm flows anteriorly and against the hyaline cap,
then flows laterally until it is converted into the adjacent
ectoplasm. Ectoplasm is converted back to endoplasm in
the region of the uroid. Formation of, and movement by,
pseudopods occurs by directed cytoplasmic streaming, or
through a rolling motion. Force is provided by a system
containing actin-myosin'®.

Actin microfilaments are located throughout the ecto-
plasm and are parallel to the cell membrane at the anterior
end of a moving cell. Actin monomers are located in the
endoplasm, and myosin filaments are concentrated near
the uroid'”. Amoeboflagellates such as Naegleria fowleri
possess lobose pseudopods in both free-living and parasitic
states, but can quickly form two flagella when food is lim-
iting, enabling them to swim to more nutrient-rich areas.
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Fig. 2.7 Trophozoite of Entamoeba histolytica. An ingested red blood
cell (arrow) is labeled. Iron-hematoxylin stain of human feces.

To do this, microtubules must be assembled de novo, and
can be functional in little more than a hour!'8.

Life Cycles

Intestinal amoebae have direct life cycles and transmission
is fecal-oral. These species form cysts when they reach the
lower large intestine. Multiplication may (e.g., Entamoeba
spp.) or may not (e.g., lodamoeba spp.) occur in the cyst.
Amoeboflagellates normally are free-living in soil and
water where they exist as trophozoites that ingest bacteria.
Amocboflagellates form environmentally resistant cysts
under conditions of reduced environmental temperatures.
Rarely, Naegleria spp., Acanthamoeba spp., and Bala-
muthia mandyillaris may enter a host and muldply as
trophozoites'?. It is assumed that this is a dead-end cycle
and further transmission will not occur. Acanthamoeba
spp. and B. mandrillaris also form cysts in host tissue,
whereas Naegleria spp do not.

COCCIDIA AND COCCIDIA-LIKE
PARASITES: PHYLUM APICOMPLEXA

Apicomplexan parasites include the coccidia, malaria
and malaria-like parasites, and piroplasms of vertebrates.
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Laboratory animals are important models for human
infections caused by these parasites. Some apicomplexa
have direct or two-host life cycles and are transmitted by
the fecal-oral route, whereas others are transmitted by
arthropod vectors.

Coccidian parasites with direct life cycles (Cystoisospora
spp.) can be a chronic problem in kennels and catteries
because they are transmitted by environmentally resistant
oocyst stages and are difficult to eradicate. The tissue cyst
forming coccidia that have two-host life cycles (Zoxoplasma
gondii, Neospora caninum, Sarcocystis spp., Besnoitia spp.) are
not problems in modern animal facilities. Malaria and
malaria-like blood parasites (Plasmodium, Haemoproteus,
Leucozytozoon), and piroplasms (Babesia, Theileria) are rarely
found in laboratory animal facilities because they require
arthropod vectors to complete their life cycles. However,
these parasites may be present in wild-caught animals
brought into animal facilities. Wild-caught animals should
be routinely examined for blood parasites as part of the quar-
antine program. Blood-borne apicomplexa may be found in
zoos where animals are exposed to arthropod vectors.

Special Organelles

Motile stages of coccidian parasites possess an assemblage of
organelles which form the apical complex. These include the
polar rings, rhoptries, micronemes, dense granules, conoid,
and subpellicular microtubules® (Figure 2.3). The apical
complex is used for host cell penetration. Rhoptries,
micronemes, and dense granules contain complex mixtures
of proteins that, upon exocytosis, interact with host cell
membranes during host cell invasion?'. Rhoptries are
osmiophilic, electron-dense, club-shaped structures origi-
nating in the conoidal end of sporozoites and merozoites.
They usually are anteriorly positioned in the parasite and lay
between the nucleus and conoid. In only a few instances
have these structures been found in the posterior portion of
the parasite. Rhoptry proteins are involved in para-
sitophorous vacuole formation. The number of rhoptries
varies depending on the species of parasite. Micronemes are
osmiophilic, electron-dense, rod-like bodies that are most
numerous in the anterior one-half of the parasite. They are
involved in host cell attachment by invasive stages**. Dense
granules are electron-dense bodies that are primarily
involved in modifying the host cell after invasion. The
conoid is a hollow, truncated cone composed of spirally
arranged microfibrillar elements®. The conoid usually is not
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present in merozoites of malarial and piroplasm parasites.
The subpellicular microtubule cytoskeleton is important in
locomotion and host cell invasion.

The body of coccidian parasites usually is enclosed by
a trimembranous pellicle. Refractile bodies are osmio-
philic, electron-dense, homogenous structures, present in
sporozoites of many Eimeria species (Figure 2.4), and can
sometimes be found in first-generation meronts and mero-
zoites of some species?. Generally, two refractile bodies are
present in sporozoites—one anterior and one posterior to
the nucleus. Crystalloid bodies are accumulations of dense
material resembling B-glycogen particles?’. They are found
in sporozoites and merozoites of some Cystoisospora species
in the same location as eimerian refractile bodies. The
functions of refractile bodies and crystalloid bodies are not
completely known. They are believed to serve as energy
reserves for the parasite. Refractile bodies may also play a
role in host cell invasion. Lipid and amylopectin bodies
may also be found in sporozoites and merozoites. Wall-
forming bodies are specialized structures found in the
macrogamonts of coccidial parasites, producing environ-
mentally resistant oocyst walls. There are usually two types
of wall-forming bodies. Oocyst wall formation represents a
sequential release of the contents of wall-forming bodies
types 1 and 2, and is probably controlled in the rough
endoplasmic reticulum and/or Golgi bodies®.

Locomotion

Apicomplexan invasive stages exhibit a unique form of
actin-based gliding motility, which is essential for host cell
invasion and spreading of parasites throughout the
infected host?®. Living sporozoites and merozoites undergo
gliding, pivoting, and probing motions. Microgametes of
most coccidia move by flagella. Macrogamonts and coc-
cidial oocysts are usually non-motile.

Life Cycles
Coccidia

The typical coccidian life cycle (Figure 2.8) consists of three
phases: sporogony, excystation and endogenous develop-
ment. Sporogony, which occurs outside of the host in the
environment, is the development of the unsporulated
noninfectious oocyst into the sporulated infectious oocyst
(Figure 2.4). Environmental temperature, oxygen levels, and
moisture influence sporogony. Temperatures above 35°C
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Life cycle of Cystoisospora rivolta
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Fig. 2.8 Life cycle of Cystoisospora rivolta in the cat.

mouse and ofhed mammals

and below 10°C inhibit sporogony. Unsporulated oocysts
may survive freezing to —7°C for nearly two months but
can be killed after 24 hours at 40°C. Oocysts do not survive
desiccation. Sporogony normally is an aerobic process.
Excystation occurs in the host and is the process by
which sporozoites are released from sporocysts and eventu-
ally from the oocyst. Excystation of oocysts is not species-
specific. Oocysts may excyst in nearly any host, but
sporozoites fail to produce infections in abnormal hosts.
Endogenous development varies among coccidia,
though the basic pattern is similar for all species. Intracel-
lular developmental stages are located within a para-
sitophorous vacuole composed of the host cell plasma
membrane. Sporozoites penetrate cells and undergo
schizogony (merogony). In the process, the normally elon-
gated sporozoites become spherical to form uninucleate
trophozoites, which undergo multiple karyokinesis to
form immature schizonts (meronts). Free merozoites are

produced at the surface as the immature schizonts mature.
The number of cycles of schizogony is characteristic of a
species of coccidia. The terminal generation of merozoites
penetrates cells and forms the sexual stages, microgamonts
and macrogamonts (collectively, gamonts). Microgamonts
undergo multiple karyokinesis and produce biflagellated
microgametes that are actively motile and which fertilize
the macrogamonts. The macrogamont is uninucleate and
possesses a large nucleus and prominent nucleolus.

Eosinophilic wall-forming bodies are produced in the
macrogamont cytoplasm as development progresses. These
fuse with surface membranes of the macrogamont and
produce the oocyst wall. The endogenous cycle is com-
pleted when oocysts are released from the host cells. The
prepatent period is the time required from ingestion of
sporulated oocysts to the release of unsporulated oocysts in
the feces. The patent period is the length of time that
oocysts are excreted in the feces.
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Piroplasms

Piroplasms (Babesia spp., Theileria spp., Cytauxzoon spp.)
are transmitted by ticks?’. Depending on the species,
sporozoites penetrate red blood cells, lymphocytes, or
macrophages and undergo schizogony. It is still unclear
whether sexual stages occur. Merozoites of all piroplasms
develop in red blood cells. Development occurs in the tick
after it feeds on infected red blood cells; oocysts are pro-
duced in ticks, and sporozoites are injected into appropriate
hosts during tick feeding.

Malaria and Malaria-like Apicomplexans

The life cycles of protozoa-causing malaria begin when
sporozoites are injected into the blood of the vertebrate
host by a feeding female mosquito. Sporozoites travel to
the liver where they penetrate hepatocytes. Here, they
undergo pre-erythrocytic schizogony, producing mero-
zoites, which enter red blood cells and transform into
trophozoites (the feeding or ring stage). These undergo
erythrocytic schizogony. Terminal generation merozoites
enter red blood cells and develop into microgamonts or
macrogamonts. These sexual stages are ingested by feeding
female mosquitoes, and fertilization occurs in the gut of
the mosquito. Motile ookinetes are produced. These pene-
trate the gut of the mosquito and develop into oocysts?®.
Oocysts sporulate, producing sporozoites. Sporozoites
migrate to the salivary glands of the mosquito and are
available to be transmitted to other vertebrate hosts.

The life cycles of malaria-like parasites are similar to
those of Plasmodium spp., except they are transmitted by
other blood-feeding arthropods. Malaria-like parasites also
may undergo schizogony elsewhere in the vertebrate host
body before infecting blood cells. Haemoproteus spp. are
transmitted by midges, hippoboscid flies, or tabanids
(horse flies), and undergo schizogony in the vascular
endothelium of the lung, liver, kidney, and spleen. Leuco-
¢cytozoon spp. are transmitted by midges and simuliid flies,
and undergo schizogony in the liver and in phagocytic cells
throughout the body of the vertebrate host.

CILIATES: PHYLUM CILIOPHORA

It is estimated that there are more than 10,000 species of cil-
iates”. The majority of ciliated protists are free-living, while
others are important enteric commensals, that is, ciliates
that live in the digestive tracts of ruminants, horses, some
non-human primates, and other mammals. Still others are
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obligate internal or external parasites (e.g., Balantidium coli
and Ichthyophthirius multifiliis). All parasitic ciliated protists
have direct life cycles.

Special Organelles

Ciliates are unique among the protists in that most possess
two different types of nuclei and, thus, display nuclear
dimorphism. The usually large, polyploid macronucleus
supports somatic functions, while one or more small,
diploid micronuclei serve a genetic function and constitute
the “germ line” of that cell®”. Many ciliates are capable of
sexual reproduction through conjugation, whereby two
ciliated cells temporarily fuse and exchange an extra copy
of their micronuclei, which are haploid at this time. After
the cells separate, the newly acquired foreign micronucleus
fuses with that cell’s own micronucleus, giving rise to new
genetic combinations®'.

Typically, ciliates possess one cytostome (mouth). The
cytostome is an important taxonomic feature (Figure 2.2).
It is surrounded by modified cilia (oral ciliature). Food
passing the cytostome becomes surrounded by a mem-
brane formed by cytoplasmic discoidal vesicles. A food
vacuole is formed and is pinched off as the vacuole enters
the cell, where digestion occurs through the action of aci-
dosome vesicles and lysosomes®. Final waste products are
released from the cell through a cytopyge (cytoproct).
Much of the food vacuole membrane is recycled and incor-
porated back into discoidal vesicles.

Ciliate species living in hypotonic environments
osmoregulate by collecting excess fluid into expandable
contractile vacuoles. Excess water is released through a
contractile vacuole pore. When distended, the contractile
vacuole usually can be seen as a large, clear vacuole.

Locomotion

Most ciliates have two types of cilia. The first includes
somatic cilia arranged in longitudinal rows (kineties) located
over most of the cell surface. These primarily function in
locomotion. The second type includes the oral ciliature
which creates feeding currents and thereby facilitate inges-
tion of nutrients. Most ciliates move by beating their
somatic cilia in a coordinated pattern such that metachronal
waves pass over the cell surface. In some species, cilia may be
arranged in intricate groupings (e.g., cirri, membranelles) to
form structures with specialized functions. Each cilium has
an internal axoneme with a typical 9+2 microtubule
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arrangement. Just below the cell surface, the cilium is
anchored in a basal body, the kinetosome, which is com-
posed of nine triplets of microtubules in a circle. A complex
network of microfilamentous-like and microtubular struc-
tures extends between basal bodies, and this network is
species-specific. One enteric species, Allantosoma intestinalis,
has no cilia®.

Life Cycles

As previously noted, some ciliates undergo sexual reproduc-
tion by conjugation of two cells and exchange of micronu-
clei, or by autogamy. Ciliates divide by transverse fission, or
“homothetogenic” division, so that the cleavage furrow is
equatorial instead of longitudinal. This process can be com-
plex because a new cytostome must be formed for one of the
daughter cells. Enteric commensal and parasitic ciliates are
transmitted by the fecal-oral route. Some species form a cyst
(e.g., Balantidium spp.) (Figure 2.1), whereas others, such
as the commensal ciliates of horses, do not. Ectoparasitic
parasites may (e.g., Ichthyophthirius sp.) or may not (e.g.,
Trichodina sp.) require a developmental period off the host.

MICROSPORIDIANS: PHYLUM
MICROSPORA

Until recently, microsporidia were classified as protozoa in
the phylum Microsporidia. Analysis of small subunit RNA
has resulted in the reclassification of these pathogens to the
fungi®.

Special Organelles

Microsporidia (Figures 2.9, 2.10, and 2.11) are character-
ized by a resistant spore stage®>. The microsporidial spore
contains many special organelles. The coiled polar tube is
used in host cell penetration and transfer of the sporo-
plasm to new host cells. It is also an important taxonomic
structure. An anchoring disk is located in the anterior end
of spores and serves as the site of attachment for the polar
tube. The polaroplast is a lamellar organelle in the anterior
end of spores and may act like a Golgi apparatus. A poste-
rior vacuole is present in the posterior end of the spore and
aids in expulsion of the sporoplasm.

Locomotion

Spores are non-motile. Motility of other stages has not
been widely studied.

Fig. 2.9 Transmission electron micrograph of Encephalitozoon intesti-
nalis in CV-1 cell culture. Spores (S) and meronts (M) are labeled. Cour-
tesy of C.N. Jordan.

Fig. 2.10 Scction of an adrenal gland from a mouse containing
Encephalitozoon cuniculi (arrow). A Gram stain was used to demonstrate
stages.

Life Cycles

Hosts are infected by ingestion or inhalation of spores, or
by transplacental transmission (Figure 2.11). The spore
penetrates a host cell via the polar tube. The polaroplast



24

FLYNN'S PARASITES OF LABORATORY ANIMALS

MERONT

Sproroplasm
dvichin I
EPEEtE el [T

ol el naphuses nesasing
LE TR

Pl s peraiiaies ool @ pandes
poplanm ane! ke

Wi
undleigs tvedsl
et ty
ety bnaiin

Bty
L ]
i BpaTIEy

Sparobil LynERsn apoms

Sgoron bacome sttty

Fig. 2.11 Life cycle of Encephalitozoon cuniculi in dogs.

swells, and the anchoring disk stabilizes the polar tube.
The polar tube is inverted while extruded, and membranes
from the polaroplast connect with the tube to extend its
length. Extrusion occurs with great force and allows pene-
tration of the host cell without disturbance of the host cell
membrane. The posterior vacuole swells and forces the
sporoplasm and nucleus through the polar tube. The tip of
the polar tube inside of the host cell envelopes the sporo-
plasm to become the parasite outer membrane.

The sporoplasm divides, creating meronts, which are
proliferative stages that divide by binary fission. Meronts
may be in direct contact with the host cell cytoplasm or in
a parasitophorous vacuole lined by the host cell mem-
brane, and may undergo several replications before con-
verting into sporonts. In most species, sporonts exist
within a parasitophorous vacuole. Sporonts convert to
sporoblasts, either immediately or after one division.

Sporoblasts are the stages that synthesize the polar
tube and its accessory organelles to become mature spores.
Once a host cell is full of mature spores, the cell bursts and
the spores are released. These spores are resistant to envi-
ronmental stress and can remain viable for several years.
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INTRODUCTION

Historically, it was not uncommon for animals—particularly
wild-caught fish, birds, and primates—to be found
infected with parasitic trematodes. However, with the
advent of improved husbandry practices in laboratory ani-
mal facilities, the incidences of infection have declined
markedly. This is due primarily to the interruption of
indirect life cycles through elimination of obligate inter-
mediate hosts, and also to the fact that laboratory-reared
research animals have largely replaced those obtained from
the wild. This chapter briefly describes the taxonomy, gen-
eral life cycles, and morphology of the trematodes and
leeches one may encounter in the laboratory setting. Spe-
cific parasite species are discussed in the chapters covering
their hosts.

The phylum Platyhelminthes (“Hatworms”) includes
the classes Trematoda (“flukes”), Cestoda (“tapeworms”),
and Turbellaria (“planarians”). Worms in this phylum are
dorsoventrally flattened, lack a body cavity, and instead
contain organs embedded in a parenchyma. They repro-
duce by asexual and/or sexual means. Most are hermaphro-
ditic. The life cycles are often complex and indirect. The
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phylum Platyhelminthes has been further broken down
according to diverse taxonomic schemes. For the purposes
of this text, the class Trematoda includes three Orders:
Monogenea, Aspidogastrea, and Digenea.

ORDER MONOGENEA

Trematodes in the order Monogenea are the most primi-
tive of the flukes. The order includes several species
identified as parasites of cold-blooded aquatic vertebrates
including fish, amphibians, and reptiles. They are com-
mon in the wild, but extremely rare in the laboratory set-
ting. Most members of the Monogenea are ectoparasites of
the skin, gills, and fins. A few species occur in the mouth,
esophagus, nose, urinary bladder, ureters, and lungs. Most
species are nonpathogenic, though a few are significant
pathogens of the gills and skin of fish. The most important
genera are Gyrodactylus and Dactylogyrus'. Many Monoge-
nea demonstrate considerable niche specificity, parasitizing
specific anatomical locations on the host, or parasitizing
hosts of specific ages. Niche specificity may be influenced
by parasite nutritional requirements, worm motility, and
by the physical attachment abilities of the worm?.
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The Monogenea have direct life cycles, requiring less
than five days for completion. These short life cycles may
facilitate the build-up of overwhelming populations in an
aquarium or culture pond environment. Members of this
class may be oviparous or viviparous. Eggs are usually
operculated and have a filamentous structure at one
or both ends®. This is used to anchor the egg to a host or
other object. The ciliated larva (oncomiridium) swims
freely until finding a suitable host. Unlike the other trema-
todes, the sexual and asexual generations do not alternate.
Adults feed on mucus, epithelium, and blood!~.

Posteriorly, monogeneans have an “opisthaptor,” a
bulbous, disc-shaped adhesive organ which may bear suck-
ers, clamps, and hooks used for attaching to a host. The
morphology of these structures is of taxonomic signifi-
cance (Figure 3.1). Physical trauma to gills, fins, and skin
may result from the attaching structures of the opisthaptor.
Resulting lesions may become secondarily infected and
lead to color fading, weight loss, emaciation, and increased
susceptibility to predation.

The worm surface is a living structure and is therefore
referred to as the “tegument.” The nervous system of the

MONO- OPISTHOCOTYLEA
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Dectylogyridee Monocotylidee
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Monogenea consists of cerebral ganglia in the anterior
region, with nerve trunks connected in a “ladder” pattern
that extends the length of the body. The digestive system of
the Monogenea includes the mouth, buccal funnel, pre-
pharynx, pharynx, esophagus, and branched intestine.
There is no anus. Indigestible material is regurgitated.
Some monogeneans absorb nutrients through the tegu-
ment. The osmoregulatory system is typical of the platy-
helminthes, and includes flame cells that connect to ducts
and eventually, into two lateral excretory pores near the
anterior of the worm. The reproductive system is her-
maphroditic, and typical of the platyhelminthes in the

inclusion of both male and female sex organs'=.

ORDER ASPIDOGASTREA

The Aspidogastrea comprise a relatively small group of sev-
eral dozen species of trematodes which parasitize freshwa-
ter and/or marine mollusks, crustaceans, and fish, as well
as freshwater turtles. They are considered to be phyloge-
netically intermediate between the Monogenea and Dige-
nea. All Aspidogastrea are aquatic and hermaphroditic.

MONOGENEA

POLY-O?HOCOYYLEA

Polystometidee

Diclidophoridae Hexastomatidee

Fig. 3.1 Specimens of different monogenean families and their relations. HK, hooks; IN, intestine; LA, larva; M, mouth; OH, opisthaptor; OV, ovary;
PRO, prohaptor; TE, testis; VI, vitellarium. Reproduced from Mehlhorn, H. (2001). Used with permission, courtesy of Springer-Verlag, Germany.
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While not all of the life cycles are known, it appears that
most of the Aspidogastrea have indirect life cycles, using a
mollusk as an intermediate host and fish or turtles as defin-
itive hosts®. For this reason, the Aspidogastrea may only be
encountered when animals are collected in the wild or cul-
tured in ponds. Four families of Aspidogastrea are recog-
nized: Stichocotylidae, Rugogastridae, Aspidogastridae,
and Multicalycidae (Figure 3.2).

The Stichocotylidae have an elongated, slender body.
The ventral disc bears a single row of well-separated suck-
ers. There are two testes, a single cecum, and follicular
vitellaria in the lateral fields. These are parasites of rays and
skates (Batoidea)?*.

The Rugogastridae have elongated bodies with a
single row of transverse thickenings of the tegument,
termed rugae. There is a weakly developed ventral sucker.
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There also is a pharynx, prepharynx, and esophagus;
multiple testes; a pretesticular ovary; a Laurer’s canal open-
ing dorsally in the forebody; vitellaria distributed along the
ceca; a uterus ventral to the testes; and numerous, opercu-
lated eggs. There is no seminal receptacle. These are para-
sites of rat fish, rabbit fish, and chimeras (Holocephali)“.

Aspidogastridae have an oval or elongated body, an
adhesive disc bearing four longitudinal rows of alveoli
(Figure 3.3), one or two testes, and follicular vitellaria
located laterally. These are parasites of mollusks, fishes, and
turtles>4,

Multicalycidae bear a single row of deep alveoli
separated by transverse septac and ventral, foot-like
appendages. There is a single cecum and testis. The ovary
is pretesticular, near the posterior end of the body. These
are parasites of Holocephali and certain elasmobranchs®.

Fig. 3.2 Aspidogastrean trematodes. (A) Stichocotyle nephropis (Stichocotylidae). (B) Rugogaster hydrolagi (Rugogastridae). (C) Aspidogaster piscicola
(Aspidogastridae). (D) Multicalyx elegans (Multicalycidae). Reproduced from Rohde, K. (2002). Used with permission, courtesy of CABI Publishing,

Oxfordshire, UK.
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Fig. 3.3 Ventral surface of Lobatostoma sp. adult (Aspidogastridae).
Courtesy of Dr. K. Rohde, University of New England, Armidale,
Australia.

Important Aspidogastrean genera include Aspidogaster,
Cotylogaster, Lobatostoma, and others.

The Aspidogastrean life cycle is comparatively simple.
Unembryonated eggs released from the adult develop to
the larval (cotylocidial) stage and then hatch in the envi-
ronment. In other species, embryonated eggs are released
when the larvae are nearly ready to hatch out. In still
others, eggs do not hatch undil they are consumed by a
suitable intermediate host. One larva is released from each
egg. The larva remains in the mollusk intermediate host
until that host is eaten by the definitive host, wherein it
undergoes further development to the adult stage. In some
species, development to the adult stage occurs in the mol-
lusk host!.

The Aspidogastrea differ from other trematodes,
whose life cycles include multiple developmental stages,
most of which result in the asexual multiplication of the
organism. Asexual multiplication of larval stages does not
occur among the Aspidogastrea. Compared to other
trematodes, the Aspidogastrea are relatively nonspecific in
host range®.

Aspidogastrea range in size from 2 mm to several cen-
timeters in length!. Adults possess an attachment organ
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comprised of one to several ventral suckers, depending on
the family. The morphology of the attachment organ is
important in species identification?. As in the Monogenea,
the worm surface is referred to as the tegument. Larval and
adult Aspidogastreans possess a complex nervous system.
The digestive system includes a mouth, pharynx, and
single short cecum. The osmoregulatory system is typical
of the platyhelminthes. The excretory ducts end in a poste-
rior excretory bladder, and finally, exit the worm via an
excretory pore. The reproductive system includes both
male and female components, typical of the Trematoda?.

ORDER DIGENEA

The Digenea comprise the largest and most diverse group
of parasitic trematodes. As their name indicates, they have
an asexual reproduction phase of their life cycle in a mol-
lusk, and a sexual (usually hermaphroditic) reproduction
phase in a vertebrate host. Concerning the latter, they may
be found in virtually all species of vertebrates. Like other
trematodes, they are common in the wild but rare in the
laboratory setting. Most members of the Digenea are
endoparasites of the gastrointestinal and pulmonary sys-
tems. Many species are pathogenic.

Given the size of the order, it is no wonder that species
vary in some particulars of their life cycles. A generalized
life cycle includes the egg, which is usually passed in the
feces of the definitive host. Under suitable conditions, the
egg hatches to release a ciliated, free-swimming miracid-
ium, which actively penetrates a snail intermediate host.
Within the snail, the miracidium loses its ciliated coat to
become a sporocyst. From an individual sporocyst develop
numerous rediae. From each rediae, many cercariae
develop, and are released through a birth-pore. Cercariae
actively or passively exit the snail intermediate host and
swim until finding submerged vegetation on which to
encyst.

During encystment, the tail is lost and other physio-
logic changes occur which lead to formation of the meta-
cercaria, or infective stage. Infection of the definitive host
is initiated with ingestion of the metacercaria, though in
the family Schistosomatidae, cercariae actively penetrate
the definitive host. Excystation occurs in the digestive tract
and the immature fluke migrates to its predilection site.
Because of asexual reproduction at the sporocyst and/or
redia stages, tremendous amplification of trematode popu-
lations may result from a single miracidium. Adult flukes

feed on blood, mucus, and host tissues!2.
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Digenea vary in size from less than 1 mm to several
centimeters in length. Like other trematodes, Digenea are
dorsoventrally flattened, though body shapes range from
long and narrow or leaf-shaped to thick and fleshy®. The
body surface (cuticle or tegument) is a complex organ typ-
ical of the Trematoda, and is important in nutrient absorp-
tion. The Digenea possess an anterior (oral) sucker and,
usually, a ventral sucker (acetabulum), often located in the
anterior third of the ventral surface. The number and posi-
tion of the suckers are important taxonomic keys. The
anterior sucker surrounds the mouth, leading into the
pharynx, esophagus, and intestine, which leads into two
blind ceca. Some species possess an anus. The nervous sys-
tem includes a circumesophageal ring of nerve fibers and
paired ganglia. Nerves run anteriorly and posteriorly to the
rest of the body in a typical ladder arrangement.

Like other flatworms, the osmoregulatory system con-
sists of flame cells, which collect waste products from the
parenchyma and expel them via an excretory bladder with
an opening at the posterior end of the body. The reproduc-
tive system includes both male and female structures">?.

Regardless of the classification scheme used, there are
several families of Digenean trematodes. The most impor-
tant of those containing parasites noted in this text are

briefly described here.

Family Dicrocoeliidae

Dicrocoeliids are small to medium-sized flukes which
occur in the bile and pancreatic ducts and sometimes the
intestine of mammals, birds, amphibians, and reptiles.
These flukes have a flattened and elongated body. The
cuticle usually lacks spines. The testes are located behind
the ventral sucker, and the ovary is situated just posterior
to the testes’. It is common for flukes in this family to
include two intermediate hosts in their life cycle. Important
genera include Dicrocoelium, Eurytrema, Platynosomum,
and Athesmia (Figure 3.4).

Family Diplostomidae

Diplostomatid flukes have a flattened anterior region,
whereas the posterior region is more cylindrical. Spatulate
and ear-like processes may be present on the anterolat-
eral parts of the body®. Diplostomatids usually occur in
the intestine of mammals which have ingested infected
amphibians or reptiles. The most important genus is

Alaria.
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Fig. 3.4 Athesmia foxi adult. Courtesy of G.E. Cosgrove, Tulane
National Primate Research Center.

Family Echinostomatidae

Echinostomatidae are elongated flukes with a pronounced
ventral sucker. The body is usually spined. The testes lay in
the posterior portion of the body and the ovary is anterior
to the testes. Adults possess a distinctive “crown” of hooks
surrounding the anterior—or oral—sucker®. Echinostom-
atids usually occur in the intestine of mammals and birds
which have ingested infected raw mollusks, amphibians, or
fish. The most important genus is Echinostoma.

Family Fasciolidae

Fasciolids are among the largest flukes. The body is broad,
leaf-shaped, and usually spined. The anterior and ventral
suckers are situated close to one another. Testes are poste-
rior?. Fasciolids occur in the liver, intestine, and sometimes
stomach of mammals which have fed on vegetation
contaminated with metacercariae, as well as in animals
obtained from their natural habitat. Important genera
include Fasciola, Fasciolopsis, and Fascioloides.

Family Heterophyidae

Heterophyids are small flukes, typically less than 2 mm in
length. The posterior region is wider than the anterior
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region. The body is covered with scale-like spines. These are
more numerous toward the posterior end of the fluke, where
the testes are located. The ovary is situated anterior to
the testes’. Heterophyids occur in the small intestine
of fish-eating mammals and birds which have ingested
infected raw fish. These flukes have only rarely been
reported. Important genera include Memagonimus and
Heterophyes.

Family Opisthorchiidae

Opisthorchids are small to medium-sized flukes with a flat-
tened, translucent body narrowed anteriorly (Figure 3.5)°.
The ventral sucker is small. Testes are situated in the poste-
rior portion of the fluke, and may be globular or highly
branched. The ovary is located anterior to the testes®. The
vitelllaria are lateral, and the uterus, which is filled with
eggs, fills the middle of the anterior half of the body
between the intestinal ceca. The eggs have a thick shell with
a distinct, convex operculum, and contain an asymmetrical
miracidium when passed in the feces. Opisthorchids occur
in the gallbladder, bile duct, and sometimes the pancreatic
duct and small intestine of mammals, birds, and reptiles

2mm

Fig. 3.5 (Left) Opisthorchis tenuicollis. (Right) Opisthorchis sinensis.
Reproduced from Lapage, G. (1962). Used with permission, courtesy of
Lippincott, Williams and Wilkins, Philadelphia.
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that have ingested infected raw fish. The most important
genera include Amphimerus, Chlonorchis, Metorchis, and

Opisthorchis.

Family Paramphistomatidae

Paramphistomid flukes are thick, typically appearing cir-
cular in transverse section. The ventral sucker lies at the
extreme posterior of the fluke (Figure 3.6)°. The body
lacks spines. The testes are situated in the middle portion
of the body, with the ovary just posterior®. Paramphisto-
mid flukes are common in the intestine of herbivorous
mammals. Infection is usually by ingestion of contami-
nated vegetation. An important genus is Gastrodiscoides.

Family Plagiorchiidae

Plagiorchids are large flukes of varying shapes (Figure 3.7).
The body is usually covered with small spines. The testes
are located toward the posterior region, and the ovary lies
anterior to the testes®. Plagiorchids include the oviduct
flukes of the chicken and other birds. They occur only in
animals that have ingested infected insects. Important gen-
era include Plagiorchis and Prosthogonimus.

w
lmm

Fig. 3.6  Gustrodiscoides hominis adult. Reproduced from Graham,
G.L. (1960). Used with permission, courtesy of New York Academy of
Science.
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| mm

Fig. 3.7  Prosthogonimus macrorchis adult. Courtesy of Marietta Voge,

University of California.

Family Schistosomatidae

In the Schistosomatidae, the sexes are separate and differ in
appearance. The adults are long and slender (Figure 3.8).
Both males and females have a small anterior sucker and a
small ventral sucker that is about 10% of the length of the
body, and is located behind the mouth. They occur in the
blood vessels of their hosts and enter through the skin or
are ingested in water. For many species, up to four of
the more slender adult females may be carried in the
gynecophoral canal of the male®. Some schistosome eggs
bear distinctive morphologic features such as spines, which
aid in identification (Figure 3.9). Schistosomes are found
only in animals that have been permitted access to con-
taminated water. The most important genus is Schistosoma.

Family Troglotrematidae

Troglotrematids include some medically important flukes.
These trematodes are flattened or concave ventrally and
convex dorsally (Figure 3.10). The testes and ovary typically
lay in the middle third of the body®. Troglotrematids
occur in the lungs of carnivorous mammals and birds and
are found only in animals that have ingested infected raw
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Fig. 3.8  Schistosoma mansoni male and female. Courtesy of Marietta

Voge, University of California.

crustaceans or fishes. Important genera include Paragonimus
and Nanophyetus.

LEECHES

Leeches are members of the phylum Annelida (“Segmented
worms”) and class Hirudinea. They are found in aquatic or
tropical rain forest environments. They include scavengers
that feed on nonliving material, predators that feed on tis-
sues and fluids of soft-bodied invertebrates, and others that
are blood-sucking ectoparasites of vertebrates. The soft,
annulated body of a leech (2 to 16 external annuli per true
internal segment) is usually flattened dorsoventrally. They
are colorfully patterned in green, brown, or red.

The leech is characterized by great powers of distension
and contraction, which enable it to penetrate extremely nar-
row body openings and to ingest and store relatively large
volumes of blood. A pair of suckers—a large muscular hind
sucker and a smaller anterior one surrounding the mouth—
permits the looping movement and powerful adherence to
prey or host during feeding (Figure 3.11)". Leeches are
hermaphroditic, but individual leeches usually cross-fertilize
to produce eggs.
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Fig. 3.9  Schistosoma eggs. (A) S. japonicum. (B) S. mansoni. (C) S. haematobium. Courtesy of Marietta Voge, University of California.

Fig. 3.10 Paragonimus westermanii adult. Courtesy of Marietta Voge,
University of California.

There are two orders of leeches: Gnathobdellidae and
Rhynchobdellidae. The order Gnathobdellidae is charac-
terized by the presence of cutting jaws. It includes the fam-
ily Hirudinidae, which contains most leeches of medical
and veterinary importance. The order Rhynchobdellidae is
characterized by a penetrating proboscis rather than by

Smm

Fig. 3.11 Dinobdella ferox. Reproduced from Pryor, W.H. Jr,
Bergner, J.F, and Raulston, G.L. (1970) with permission.

cutting jaws. It includes a number of fish parasites, chiefly
in the family Piscicolidae. The presence of a strong antico-
agulant, capacious gut pouches which serve for long-term
blood storage, and the extraordinary flexibility of
the hardy body render leeches well adapted for a para-
sitic existence. Leeches are occasional parasites of certain
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endothermal laboratory animals in their natural habitats,
but they are not normally found in colony-raised animals.
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INTRODUCTION

Almost universally, cestode life cycles include both verte-
brate and invertebrate hosts in complex, indirect life
cycles'. Modern husbandry practices preclude the comple-
tion of such multiple-host life cycles; therefore, cestode
infections have never been common in colony-raised labo-
ratory animals. In contrast, wild-caught animals are com-
monly found infected with cestodes. Occasionally, these
animals are brought into the animal facility. This chapter
briefly describes the taxonomy, general life cycles, and
morphology of the cestodes which may be encountered in
the laboratory setting. Specific parasite species are dis-
cussed in the chapters covering their hosts.

CESTODE TAXONOMY

Several taxonomic schemes have been constructed for clas-
sifying the cestodes. The class Cestoda has been further
divided into subclasses and orders. Cestodes discussed in
this chapter comprise the subclass Eucestoda, class Cestoda,
phylum Platyhelminthes. Though many other orders have
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been described, cestodes occurring in laboratory animals
belong to two orders: Pseudophyllidea and Cyclophyllidea.
Members of these two orders differ morphologically in all
developmental stages, from egg to adult tapeworm.

BASIC CESTODE ANATOMY

Adult cestodes, or tapeworms, are flat, long, and ribbon-
like. The body, or strobila, appears to be segmented and
made up of a chain of a few to many rectangular units,
or proglottids. Because parenchymal fluids move freely
between proglottids, tapeworms are not truly segmented,
but are pseudosegmented. The anterior end of the worm
consists of a scolex, or hold-fast organ. The strobila grows
throughout the life of the tapeworm by continuous prolif-
eration of immature proglottids at the neck region behind
the scolex. This process is termed “strobilation.” More dis-
tal proglottids mature as new proglottids are added anteri-
orly. Mature proglottids contain one or two sets of both
male and female reproductive organs®. Reproduction is
through selfing and out-crossing?, so that sexually mature
proglottids contain eggs.
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THE PSEUDOPHYLLIDEA

Morphology

Adult pseudophyllidean tapeworms typically bear two
bothria—long, narrow, weakly muscular grooves—on the
scolex?. In adult worms, segments appear uniform for much
of the length of the tapeworm body and the genital pore is
centrally located on each pseudosegment (Figure 4.1). Eggs
differ from those of the cyclophyllidean tapeworms, and are
operculated; therefore they must be distinguished from those
of trematode parasites (Figure 4.2).

General Life Cycle

Sexually mature proglottids release individual eggs into the
intestine of the definitive host. In the environment, eggs
hatch and release the free-swimming larval form, or coracid-
ium. Following ingestion by the first intermediate host, or
copepod, the coracidium develops into a procercoid.
Second intermediate hosts in the life cycle of pseudo-
phyllidean tapeworms include fish, amphibians, reptiles, or
mammals, depending on the tapeworm species. After the

Imm

Fig. 4.1 Diphyllobothrium latum, mature proglottids. Note the
centrally located, coiled uterus. Courtesy of Marietta Voge, University
of California.

FLYNN'S PARASITES OF LABORATORY ANIMALS

Fig. 4.2  Diphyllobothrium latum, egg. Note the faint, inconspicuous
operculum (top). Courtesy of Marietta Voge, University of California.

second host ingests the infected copepod, the procercoid
travels to the host’s muscles, where it develops to a worm-like
stage called a plerocercoid. When the second intermediate
host is ingested by the mammalian definitive host, the plero-
cercoid attaches to the mucosal wall of the small intestine and
grows into a sexually mature adult tapeworm (Figure 4.3).

THE CYCLOPHYLLIDEA
Morphology

Adult cyclophyllidean tapeworms bear four suckers, or
acetabula, on the scolex. In some species, the scolex is
“armed” with a ring of small hooklets encircling the ante-
rior end of the scolex, or “rostellum” (Figure. 4.4). Matur-
ing segments appear larger from the midpoint to the distal
end of the worm, compared with the immature segments
located more anteriorly. One or two genital pores are
laterally located on each mature segment. As proglottids
mature, the reproductive organs disintegrate, so that the
proglottid becomes little more than a sack of eggs. In this
condition, the proglottids are called gravid (Figure 4.5).
Each egg contains a hexacanth embryo, or oncosphere.
The eggs are thick-walled and can be distinguished by
three pairs of refractile hooklets of the hexacanth in the
center of each egg?.
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Fig. 4.3  Diphyllobothrium latum, diagram of life cycle. A coracidium is released from the egg, and, if ingested by a copepod, develops into a procer-
coid. When a fish consumes the infected copepod, the procercoid develops to a plerocercoid, which is infective to the definitive host. Courtesy of

Marietta Voge, University of California.

Fig. 4.4 Taenia pisiformis scolex. Note the armed rostellum and four
acetabula. Courtesy of Marietta Voge, University of California.

General Life Cycle

Unlike the pseudophyllidean tapeworms, adult cyclophyl-
lidean tapeworms do not release individual eggs into the
intestine of the definitive host. Instead, they release gravid
proglottids. These may rupture in transit, thereby releasing
large numbers of eggs (Figure 4.6). Following ingestion by
a suitable intermediate host, the oncosphere hatches in the
intestine, invades the intestinal tissue, and is carried by the
blood to the liver, lungs, brain, muscle or other sites,
depending on the parasite species. There, the oncosphere
develops to the second larval, or metacestode stage.

Several forms of metacestodes have been described
from intermediate hosts (Figure 4.7). These include the
cysticercoid in invertebrate hosts and the cysticercus,
coenurus, strobilocercus, or hydatid in vertebrate hosts?.
The specific metacestode form is characteristic of the ces-
tode species. The cysticercoid is a solid-bodied larva with a
noninvaginated scolex drawn into a small vesicle. The cys-
ticercus is similar to the cysticercoid except that the body
includes a fluid-filled bladder with one invaginated scolex

attached to the bladder wall.
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Fig. 4.5 Dipylidium caninum, gravid proglottids. Courtesy of

Marietta Voge, University of California.

The coenurus is similar to the cysticercus except that
several invaginated scolices are attached to the bladder wall.
A strobilocercus resembles a cysticercus, except that the
bladder is generally smaller, and the larval worm has begun
to strobilate. A hydatid is a bladder, which, like the cysticer-
cus, contains many scolices. However, unlike the cysticer-
cus, there is usually internal budding of daughter cysts,
each of which may contain many scolices (Figure 4.8)*.
Typically hydatids are unilocular. Rarely, external budding
may occur sparingly, resulting in multiple unilocular cysts,
or may occur profusely, resulting in multilocular, or alveo-
lar, cysts. These are highly invasive to surrounding host
tissues.

Metacestodes may survive within the intermediate
host for weeks to several years. Upon ingestion of an
infected intermediate host by a suitable definitive host,
metacestodes develop into adult tapeworms in the small
intestine or bile duct of the definitive host (Figure 4.9).

FLYNN'S PARASITES OF LABORATORY ANIMALS

Fig. 4.6  Dipylidium caninum, intact egg capsule with eggs. Courtesy
of R.R. Estes, U.S. Air Force School of Aerospace Medicine.

Fig. 4.7 Larval stages of taeniid cestodes: (A) Cysticercus. Note the
single invagination and scolex. (B) Coenurus. Note the multiple invagi-
nation, each with a developing scolex. (C) Hydatid. Note the several
buds or brood capsules, each with a number of developing scolices.

Reproduced from Soulsby, E.J.L. (1965). Used with permission.
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MURINE MODELS OF HUMAN CESTODE
INFECTIONS

Much information has been published concerning the use
of immune-deficient or immune-suppressed animals as
models of human cestode infection’. In contrast, there are
few reports on the effects of a host’s genetic background on
its susceptibility to infection. However, it is evident
that susceptibility to cestode infection is to some extent

Fig. 4.8  Echinococcus granulosus. (Left) Hydatid cyst from the liver of
a monkey. (Right) Microscopic section of hydatid cyst showing outer
laminated membrane, thin germinative membrane, and several scolices.
(Left) reproduced from Healy, G.R. and Hayes, N.R. (1963). Used with
permission, courtesy of American Society of Parasitologists. (Right)
courtesy of Marietta Voge, University of California.
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genetically determined, not only in rodents®, but also in
arthropod intermediate hosts such as beetles’.

Immune-deficient mice have proven useful as animal
models of human cestode infection®, and have facilitated
development of systems for producing large numbers of
metacestodes for experimental studies. For example, non-
obese diabetic severe combined
(NOD/Shi-scid) mice have been used to produce metaces-
todes of Taenia saginata, 1. asiatica, and T. solium® %1,

Rodents have also been used to produce adult tape-
worms for experimental studies. For example, in one
study, researchers were able to grow adult Rodentolepis
nana in rats, but only when rats were continuously
administered corticosteroids. This work suggested that
steroids might serve as direct stimulators of parasite
growth!?. Others have reported that Echinococcus multiloc-
ularis has insulin receptors'?, and that these receptors may
function in worm growth.

immunodeficiency
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Fig. 4.9 Taenia pisiformis, diagram of the life cycle. Embryonated eggs excreted from the definitive host are ingested by the rabbit intermediate host.
The resulting metacestode stage, in this case a cysticercus, is infective to the definitive host. Courtesy of Marietta Voge, University of California.
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INTRODUCTION

Historically, infections with nematode parasites have been
among the most common parasitisms affecting laboratory
animals. Like other parasitisms, the range and number of
nematode infections of laboratory animals have markedly
decreased with improvements in animal husbandry and
the predominating use of laboratory-raised animals. In
spite of these improvements, some nematode infections,
particularly those with direct life cycles, may still com-
monly be found in laboratory animals. In contrast, infec-
tion of laboratory animals with acanthocephalans has
always been uncommon, and is even more so today. This
chapter briefly describes the taxonomy, general life cycles,
and morphology of the nematodes and acanthocephalans
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one may encounter in the laboratory setting. Specific
parasites are discussed in the relevant host chapters.

CLASS NEMATODA

The class Nematoda (“roundworms”) contains the largest
number of helminth parasites of endothermal animals.
Worms in this class are cylindrical, unsegmented, and elon-
gated. These worms have a pseudocoel (body cavity derived
from the embryonic blastocoel) containing an alimentary
canal. Histologically, this arrangement appears as “a tube
within a tube.” In most cases, the sexes are separate. The life
cycles may be direct or indirect!=.

The class Nematoda is further divided into five
orders and fourteen superfamilies. With relatively little
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training, nearly anyone can learn to differentiate worms by
superfamily, and so facilitate arrival at parasite identifica-
tion (Figure 5.1).

Order Rhabditida

Most members of the order Rhabditida are free-living, but
a few are parasiticc. Worms in the order are so named
because of the shape of the esophagus, which in free-living
forms includes a long, cylindrical portion that terminates
in a posterior bulb with a valvular apparatus, which
appears refractile under light microscopy. These worms are
very small and have small lips and a reduced or absent buc-
cal cavity. Spicules are of equal length. For parasitic species,
parasitic and parthenogenetic females inhabit the small
intestine. Eggs passed from the host can produce either
parasitic female larvae (homogonic life cycle) or free-living
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male or female worms (heterogonic life cycle). The
latter can produce either infectious parasitic or free-living
forms.

Infection occurs when larvae enter the host either by
ingestion or by penetration of the skin, after which they
migrate into blood vessels and are carried to the lungs,
where they enter the alveoli. They are then carried up the
airways to the trachea and are swallowed. In the intestine
the larvae develop into mature females within the intes-
tinal crypts. Vertebrate parasites are found only in the
superfamily Rhabditoidea.

Superfamily Rhabditoidea

Members of this superfamily are commonly associated with
soiled living conditions. Vertebrate parasites are found in

the families Rhabditidae and Strongyloididae.
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Fig. 5.1 Pictorial key to the Nematode superfamilies. Used with permission, courtesy of Dr. Helen Jordan, Oklahoma State University.
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Order Ascaridida

Worms in this order possess three lips. Caudal alae may be
present, and when so, are generally laterally placed. Adults
are parasites of the gastrointestinal system. Parasites of ver-
tebrates are found in three superfamilies.

Superfamily Ascaridoidea

Worms in this superfamily possess three prominent lips
but lack a buccal capsule and, in most cases, an esophageal
bulb. Ascarids are generally large, stout worms. The intes-
tine may have ceca. The tail of the female is blunt, whereas
that of the male is often coiled, and bears two spicules. The
life cycle can be direct or indirect. Eggs are large and thick-
shelled (Figure 5.2)%. The superfamily includes the families
Ascarididae and Anisakidae.

Superfamily Heterakoidea

Worms in this superfamily are small to medium-sized,
with poorly developed lips and a small buccal cavity. Lat-
eral alaec may be prominent and extend the length of the
body. Male worms possess a preanal sucker. These are
mostly parasites of birds, although the superfamily also
includes a few species of rodent parasites. Parasite families
of interest include Heterakidae and Ascaridiidae.

Superfamily Oxyuroidea

The oxyurids or “pinworms” are small to medium-sized
worms. The three lips are inconspicuous. Males may have
no, one, or two spicules. In general, the females are larger
than the males, and the female tail is long and tapering. The

Fig. 5.2 Canine ascarid eggs. (Left) Zoxocara canis. (Right) Toxascaris
leonina. Reproduced from Ewing, S.A. (1967). Used with permission,
courtesy of W.B. Saunders Co., Philadelphia.

esophagus ends in a posterior bulb (Figure 5.3)°. The eggs
are often operculated. Life cycles are direct. The superfam-
ily includes the families Oxyuridae and Kathlaniidae.

Order Strongylida

The order Strongylida includes some of the most common
and pathogenic gastrointestinal or respiratory system para-
sites of vertebrates. There is considerable morphologic diver-
sity within the order. Features shared by all are the general
shape and appearance of the egg, and a well-developed
copulatory bursa in the adult males. The number and
arrangement of the bursal rays are useful for taxonomic
identification. Equally important taxonomic features are the
shape and length of the spicules. The order contains four
superfamilies of importance.

Superfamily Strongyloidea

Many worms in this superfamily are characterized by hav-
ing well-developed, capacious mouths, although this fea-
ture is not universal. For example, worms in the genus
Oesophagostomum have a narrow buccal cavity. In many
species, the mouth is surrounded by a corona radiata
(“leaf-crown”), and contains cutting plates or teeth. The
copulatory bursae of the males are well-developed and are
supported by bursal rays. Males in the superfamily bear
two spicules of equal length!. Important families include
Strongylidae, Trichonematidae, Amidostomidae, Stepha-
nuridae, and Syngamidae.

Superfamily Ancylostomatoidea

Worms in this superfamily are known as “hookworms.”
Adult worms lack a corona radiata. They possess large
buccal cavities armed with either teeth or cutting plates.
Most of the hookworms are voracious blood-suckers, and
therefore highly pathogenic!. The eggs are thin-shelled and
oval (Figure 5.4)°. The only family of veterinary impor-
tance is the Ancylostomatidae.

Superfamily Trichostrongyloidea

Trichostrongyloidea possess the prominent copulatory
bursa typical of the order, but lack a corona radiata. Also
lacking is the capacious buccal cavity characteristic of the
Strongyloidea and Ancylostomatoidea. Instead, the buccal
cavity is reduced or rudimentary. Lips are also inconspicu-
ous. These worms are generally small, slender, and delicate
in appearance. Key morphologic features include the shape
and arrangement of the bursa, spicules, and cuticular
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Fig. 5.3 Syphacia obvelata. (A) Female, head. (B) Female, tail. (C) Male, head. (D) Male, tail. Reproduced from Sasa, M., Tanaka, H., Fukui, M.,
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Fig. 5.4 Ancylostoma braziliense egg. Reproduced from Burrows, R.B.
(1965). Used with permission, courtesy of Yale University Press, New
Haven.

annulations or striations. Life cycles are direct. Free-living
third-stage larvae are infective to susceptible hosts. Fami-
lies of veterinary importance include Trichostrongylidae,
Ollulanidae, and Dictyocaulidae.

Superfamily Metastrongyloidea

Worms in this superfamily are parasites of the respiratory
system of mammals, and so are appropriately referred to as
“lungworms.” Like the Trichostrongylidae, worms in this
superfamily have a much reduced or rudimentary buccal
cavity and six inconspicuous lips. Likewise, these worms
are small and slender. Unlike other members of the order,
the copulatory bursa is reduced or absent. Lungworm
life cycles usually, though not always, include obligatory
intermediate hosts, typically terrestrial slugs and snails'.
Families of veterinary importance include Metastrongyli-
dae, Protostrongylidae, Filaroididae, Skrjabingylidae, and

Crenosomatidae.

Order Spirurida

The order Spirurida is a biologically diverse group of para-
sitic nematodes, and contains some parasites of tremendous
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global importance to human and veterinary health. Adult
worms are characterized by two well-developed lateral lips
and a cylindrical buccal capsule and pharynx. The esophagus
is divided into a muscular anterior portion and a glandular
posterior portion, which is wider and longer than the mus-
cular part. Cephalic ornamentation is common. Adult male
worms typically have caudal alae and spicules of unequal
length. The eggs have thick walls and are embryonated
when laid. The life cycles of the Spirurida require develop-
ment of larval stages within arthropod intermediate hosts.
The order includes four superfamilies.

Superfamily Spiruroidea

The superfamily includes species that are commonly
found parasitizing the stomach wall or lumen of vertebrate
hosts. Others inhabit the periocular structures. The poste-
rior end of the male is usually spirally coiled, with lateral
alae and papillae. The eggs are thick-shelled and embry-
onated at the time of release from the female (Figure 5.5)".
Important families include Spiruridae, Thelaziidae,
Acuariidae, and Tetrameridae.

Superfamily Physalopteroidea

The superfamily includes a small number of morphologi-
cally distinct gastric parasites. Worms in this superfamily

Fig. 5.5 Spirocerca lupi eggs. Reproduced from Bailey, W.S. (1963).

Used with permission, courtesy of New York Academy of Science.

are thick and muscular, and resemble ascarids. Adult
worms have morphologically distinct lips bearing teeth or
toothlike ridges'. Eggs are thick-shelled. Important families
include the Physalopteridae and Gnathostomatidae.

Superfamily Filaroidea

The superfamily Filaroidea includes several species of
human and veterinary parasites of tremendous medical
importance. Stages found in vertebrate hosts often inhabit
body cavities, connective tissues, or hemolymphatic vessels.
Adult worms are long, thin, and delicate. The mouth is
small. These worms lack lips, a buccal capsule, and a phar-
ynx. The male is often smaller than the female (Figure 5.6),
and bears spicules of dissimilar appearance. The vulva of
the female is typically located near the anterior end of the
worm. Larvae (“microfilariae”) are released into lymph and
connective tissue spaces, or into the blood stream of the
definitive vertebrate host. Microfilariae are taken up by
arthropod intermediate hosts during blood feeding.
Morphologic features of the microfilariae are useful for
species identification!. The most important families
include the Filariidae, Setariidae, and Onchocercidae.

Fig. 5.6 Dirofilaria immitis adults. (Left) Male. (Right) Female.
Courtesy of S.H. Abadie, Louisiana State University.
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Superfamily Dracunculoidea

The superfamily contains a small number of medically
important parasites. These have rudimentary mouths and
readily observable cephalic papillae. Adult worms have been
found inhabiting the subcutaneous tissues of vertebrate
hosts of nearly all classes, while larval forms develop in
invertebrates. In some cases, lower vertebrates such as fish
and amphibians may serve as transport (“paratenic”) hosts'.
The only family of veterinary concern is Dracunculidae.

Order Enoplida

The Enoplida include a group of biologically diverse
worms. Worms in this order may be found in a variety of
host organ systems, including the gastrointestinal, muscu-
loskeletal, urinary, and pulmonary systems. The order
includes two superfamilies.

Superfamily Trichuroidea

The Trichuroidea are small to medium-sized worms. The lips
and buccal cavity are absent or reduced. They are distinct in
that the tissue of the worm esophagus is reduced, rendering
the esophagus very slender. Also, the esophageal glands are
on the outside of the esophagus in the form of a single row of
cells (“stichocytes”). Males have one or no spicules. The eggs
have a “polar plug” at each end (Figure 5.7). Life cycles of the
Trichuroidea are usually direct. Parasite families of human
and veterinary medical importance include Trichinellidae,
Trichuridae, and Capillaridae.

Superfamily Dioctophymatoidea

The superfamily includes a small number of unusual but
important nematode parasites. Adult worms are medium
to large in size, and are typically found in the intestines,
kidneys, or other organs of vertebrates. The lips and buccal
cavity are reduced. Male worms possess one spicule and
a prominent cup-, or trumpet-shaped copulatory bursa.
Depending on the genus, there also may be a caudal
or cephalic sucker present'?. Only two relatively small
families—the Dioctophymidae and Soboliphymidae—are
of importance.

PHYLUM ACANTHOCEPHALA

The phylum Acanthocephala contains the “thorny-headed
worms.” These are so named because they possess a

FLYNN'S PARASITES OF LABORATORY ANIMALS

Fig. 5.7  Trichuris trichiura egg. Courtesy of R.R. Estes, U.S. Air Force
School of Aerospace Medicine.

proboscis armed with rows of hooks, with which they
attach to the intestinal wall of vertebrate hosts. These
worms lack an alimentary canal, and instead absorb nutrients
through the body surface. Sexes are separate, and adult
males are much smaller than females (Figure 5.8)%.

All Acanthocephalan life cycles are indirect, with
arthropod or crustacean intermediate hosts. Each egg
released from female worms contains an acanthor larva.
Upon ingestion by a suitable intermediate host, the egg
hatches, releasing the acanthor. The freed acanthor encysts
in the intermediate host as a cystacanth. After a period of
up to several months, the cystacanth reaches an infective
stage, and, upon ingestion by a definitive host, develops to
an adult worm. If consumed by an unsuitable host, the
cystacanth may re-encyst. In this case, the infected host
serves as a paratenic host. Acanthocephalans may be found
in laboratory swine and in aquatic vertebrates such as fish
and some birds. There are two orders of importance:
Palacacanthocephala and Archiacanthocephala. The for-
mer are relatively small worms with a retractable proboscis,
while the latter are large worms with a non-retractable
proboscis!~.
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Fig. 5.8  Prosthenorchis elegans. (Top) Photograph of adult worms. (Bottom) Drawing of an adult male. (Top) reproduced from Worms, M.].
(1967). Used with permission, courtesy of Institute of Animal Technicians. (Bottom) reproduced from Machado Filho, D.A. (1950). Used with

permission, courtesy of Memdrias do Instituto Oswaldo Cruz.
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INTRODUCTION

The phylum Arthropoda includes the insects, and
crustaceans, arachnids and spiders, along with several
smaller and lesser-known groups. The word “Arthropoda”
comes from the Greek “arthron” (jointed) and “podon”
(foot). Thus, arthropods are animals that have joints in
their external skeleton, including all of their appendages.
Arthropoda is, by far, the most successful phylum of
animals, whether measured by diversity of habitat, extent of
distribution, or number of species and individuals. About
80% of all known animal species are arthropods. They are
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exceedingly diverse morphologically, developmentally,
functionally, and behaviorally, and have adapted success-
fully to life in water, on land, and in the air.

This chapter provides an overview of the classification,
morphology, and biology of arthropods, emphasizing
parasites of laboratory animals. The reader interested in
learning more about arthropods in general, or arthropod
parasites specifically, is referred to several available
references! ™.

Arthropod parasites can be direct agents of disease.
They cause damage by annoyance, stress, or blood loss; “fly
worry” and “tick worry” are recognized conditions that
reduce feed efficiency and weight gains in livestock.
Ectoparasites can cause dermatoses and allergic reactions,
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and wounds or lesions offer entry to bacteria. Blood-
feeding arthropods typically inject small quantities of saliva
into the wound channel, which can result in envenomiza-
tion or paralysis. Myiasis, which is the invasion of organs or
tissues by fly larvae, is part of the normal life cycle of several
species of Diptera.

Additionally, many arthropods are indirect agents of
disease. Several arthropod species serve as intermediate
hosts for parasites, or as vectors that transmit parasites,
bacteria, rickettsia, and viruses to man and animals.

STRUCTURE AND FUNCTION

The first fundamental structural feature of the Arthropoda
is that the body is divided longitudinally into discrete seg-
ments (“somites” or “metameres’). In nearly all adult
arthropods, body segments and appendages are reduced in
number, and retained appendages typically are highly
modified into sensory, locomotory, reproductive, respira-
tory, and feeding structures.

A second fundamental feature is the grouping of adja-
cent body segments into distinct body regions or sections
called “tagmata” (singular: tagma), that serve particular
functions for the animal. The typical arthropod body con-
sists of three distinct tagmata: the head, thorax, and
abdomen. The head provides for neural integration, sensory
perception, and food gathering; the thorax bears legs (and
wings, in most insects) and serves locomotory functions;
and the abdomen contains the organs that perform diges-
tive, reproductive, and respiratory functions. Segmentation
and tagmatization are expressed differently in various taxo-
nomic groupings. In some taxa abdominal segmentation is
minimal, and many groups have the head and thorax fused.

A third fundamental feature of arthropods is that they
have a tough, insoluble, cuticular exoskeleton, which
provides structural support and protection from predators
and adverse environmental conditions. The exoskeleton
contains chitin, a polysaccharide polymer of N-acetylglu-
cosamine. Chitin occurs only in arthropods and in fungi
and, after cellulose, is the second most abundant poly-
saccharide in nature. The cuticle is formed by the underly-
ing epidermis, and is subdivided into the inner procuticle
(endocuticle in crustaceans), composed primarily of
chitin, and an outer epicuticle, composed primarily of scle-
rotized or “tanned” proteins. In most terrestrial arthropods
the epicuticle has an external lipid layer, overlain by a
“varnish,” which serves to retard water loss.

FLYNN’S PARASITES OF LABORATORY ANIMALS

The exoskeleton is not a uniformly hardened structure,
but is composed of a series of relatively hard, inflexible
plates, or sclerites, connected by thinner, flexible articular
membranes that allow for movement of the body segments
and appendages. The cuticle of each segment is divided into
four primary sclerites: a dorsal tergite, two lateral pleurites,
and a ventral sternite. Skeletal muscles are attached to
cuticular ridges and spines arising from the inner surface of
sclerites. Limb segments, or podomeres, are essentially
hollow tubes articulating at condylar surfaces between
adjacent sclerites and moved by internal muscles. In insects,
podomeres of the leg (from proximal to distal) are: coxa,
trochanter, femur, tibia, and tarsus. Legs in other taxa
typically have a different number of podomeres and differ-
ent nomenclature. The structure of the limbs varies greatly
among groups and also among life stages in individual
species. Often, different parts of the appendages bear highly
developed processes and extensions.

Because their exoskeleton does not expand, to
increase in mass, arthropods must undergo ecdysis (molt-
ing), in which the old cuticle is shed and a new one grown.
The molting process is most studied in insects and
crustaceans but is thought to be similar in other arthropod
groups. In insects, neurosecretory cells in the brain pro-
duce prothoracicotrophic hormone that stimulates glands
in the prothorax to secrete ecdysone (ecdysteroid), which
mediates growth and development and initiates molting.
The stage of the animal between molts is called an instar or
intermolt. The length of each instar and the number of
molts are variable, and depend on the species or external
factors, such as nutrition or temperature. Ecdysis is a criti-
cal stage in arthropod development, and some of the drugs
and pesticides used for controlling arthropods disrupt bio-
chemical reactions in the molting process.

The arthropod coelom is much reduced, and most of
the body cavity consists of a hemocoel in which tissues are
bathed in hemolymph supplied by an open circulatory sys-
tem comprising a dorsal heart and arteries. Nitrogenous
wastes are removed from the hemolymph either by paired
excretory glands (in crustaceans and others) or Malpighian
tubules (in insects). The digestive system is complete and
glandular, and the structures of the gut and associated
digestive organs vary with different feeding strategies.

Respiration in very small arthropods is usually by
direct diffusion across the body surface, while larger
animals use respiratory structures. Most insects, mites,
and ticks respire through a tracheal system—a series of
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intricately branched tubes (tracheae). Tracheae externally
connect with openings in the exoskeleton (spiracles) and
internally extend as very fine tubes (tracheoles) into all
tissues of the body. All crustaceans and most aquatic
immature insects use external gills, whereas most spiders
and many arachnids respire through book lungs—sets of
delicate, sheet-like tissues that function like internal gills.

The arthropod nervous system is capable of allowing
complex behavior, including learned behavior, and consists
of a dorsal brain that is connected to the subesophageal gan-
glia that innervate the mouthparts. Paired, ventral nerve
cords originating from the subesophageal ganglia in turn
connect with paired ganglia in each somite. Sensory organs
are usually well developed; most arthropods have a pair of
multifaceted compound eyes and one to many ocelli, or
simple eyes. In addition, because most depend on chemical
cues for finding food (or hosts) and for conspecific commu-
nication, they have sensitive chemoreceptors. The arthropod
nervous system is the target of most pesticidal chemicals and
antiparasitic drugs. Many of these are designed to interfere
with synaptic or axonic processes, while others interfere with
the chemical communication system.

DEVELOPMENT

With few exceptions, arthropods are dioecious and sexu-
ally dimorphic, and fertilization is internal. Most groups
are oviparous or ovoviviparous. Embryonic development
includes intralecithal cleavage and schizocoely.

Postembryonic development is highly variable. Some
arthropods exhibit direct, or ametabolous, development,
in which the egg hatches into a sexually immature juvenile
that is essentially a miniature version of the adult, and
simply grows larger with progressive molts until reaching
sexual maturity. Usually, development is indirect; the egg
hatches into a larval stage that is structurally dissimilar to
the adult and occupies a different ecological niche. Larvae
are highly variable in form and biology among the various
arthropod taxa.

With indirect development, the larval stage must
undergo structural reorganization, or “metamorphosis,”
before reaching the adult stage. Most crustaceans undergo
anamorphic development (anamorphosis), in which a
new terminal segment is added at each molt. Some arthro-
pods exhibit gradual or incomplete metamorphosis, or
hemimetabolous development, in which the immature
instars gradually become more like the adult with each molt.
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Most insect orders undergo complete metamorphosis, or
holometabolous development. In this case, larvae do not
resemble adults, even during late instars. After several molts,
the larvae enter a quiescent stage, called a pupa, during which
the entire animal is reorganized into the “imago,” or adult.

Endocrine control of development in insects is medi-
ated by juvenile hormone (JH), and the process is thought
to be similar in other arthropod groups. In the insect, JH is
produced by the corpus allatum, located behind the brain.
Juvenile hormone impedes maturation, and when present
at high levels, maintains larval or nymphal characteristics.
As the immature arthropod continues to grow, the JH titer
decreases, permitting development of adult characteristics.
At some time during the last larval or nymphal instar, JH
drops to undetectable levels, and the animal enters the next
developmental stage—the adult in hemimetabolous taxa,
the pupa in holometabolous insects. Because arthropods
are exothermic, the time spent in each developmental stage
varies considerably with temperature.

CLASSIFICATION

The systematics and phylogenetics associated with such an
immense and diverse assemblage is complex and dynamic.
Classical taxonomic status in the Arthropoda is in large
part based on the morphology and function of appendages
and on the characteristic tagmatization of a given group.
However, scientific advances, particularly the development
of nucleic acid sequence analysis, contribute new sources
of data, which reorganize old taxonomic groupings.
Authorities differ in classification schemes, particularly
regarding higher taxonomic levels.

This text follows the U.S. Department of Agriculture
Integrated Taxonomic Information System (USDA-ITIS)
classification (Retrieved Aug. 9, 2004, from the Integrated
Information database,
http://www.itis.usda.gov), which divides the Arthropoda
into four subphyla: Crustacea (crustaceans), Chelicerata
(spiders, mites etc.), Hexapoda (insects), and Myriapoda
(centipedes and kin). All but the Myriapoda contain
species that are parasitic on animals.

Arthropods share some characteristics with the
Annelida or segmented worms (leeches, earthworms, etc.),
including external segmentation and a similar nervous sys-
tem, and the two phyla once were considered to be closely
related. However, this is no longer accepted, and the
Arthropoda are now grouped along with the Nematoda

Taxonomic System  on-line
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and a few other small phyla into a group called the
Ecdysozoa, all members of which have a cuticle that is
periodically molted®. Legless arthropods, such as some
insect larvae, may be confused with annelid worms, but in
larval insects the body has fewer than 13 segments, while
annelids generally have more than 13 segments.

CRUSTACEA

This large group of roughly 44,000 known species is
composed of six classes: Branchiopoda (primarily fresh
water crustaceans, including brine shrimp, water fleas,
etc.), Malacostraca (crabs, shrimp, amphipods, pill bugs,
etc.), Maxillipoda (copepods, fish lice, barnacles, etc.),
Ostracoda (seed shrimp), Cephalocarida, and Remipedia.
Sometimes referred to as “insects of the sea”, crustaceans
are the dominant arthropods in marine habitats, but are
also found in large numbers in fresh water. A few taxa
are terrestrial. There are comparatively few crustaceans
that parasitize vertebrates, but from a practical standpoint,
any arthropod parasite affecting fishes is probably a
crustacean.

Crustacean appendages typically are biramous—
that is, having two branches (the exopodite and
endopodite)—but may be secondarily uniramous. Tag-
mata consist of a head (cephalon), thorax, and abdomen,
or a cephalothorax (head fused with one or more thoracic
segments) and abdomen. Most crustaceans have a dorsal
carapace that covers the cephalothorax and sometimes the
entire body. The crustacean head comprises five fused seg-
ments and their corresponding appendages, consisting of
antennules (uniramous first antennae), antennae (second
antennae), and three pairs of mouthparts—one pair of
mandibles and two pairs of maxillae. One or more pairs of
thoracic appendages may be modified for feeding and are
called maxillepeds. In most crustacea, the coxae of at least
some of the feeding appendages are modified for grinding
food and passing it to the oral cavity. The remaining
thoracic appendages are adapted for walking or swimming
and are called pereiopods. Gills are always present on larger
forms.

Development in most crustacean groups is anamor-
phic. The typical larva is a nauplius (plural: nauplii), which
bears three pairs of swimming appendages (corresponding
to the antennules, antennae and mandibles) and a single
median eye, and shows little or no body segmentation. The
nauplius goes through a series of instars, developing into a
sexually immature juvenile stage that is structurally similar
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to the adult. With progressive molts, the juvenile crustacean
increases in mass and adds segments, appendages, and other
features until reaching the adult stage.

Two crustacean classes, Copepoda (copepods) and
Branchiura (branchiurans), contain species that are para-
sitic on marine and freshwater fishes, and thus might be
found on laboratory animals. An additional group, the
Pentastomida (pentastomids or tongue worms), is com-
posed entirely of unusual parasites of terrestrial vertebrates.

COPEPODS

Most copepods are free living, but as a group, they show
great variation in exploiting symbiotic niches. Some free-
living species serve as intermediate hosts for medically
important parasites, including the broad fish tapeworm
(Diphyllobothrium latum) and the guinea worm (Dracun-
culus medinensis). Parasitic copepod species feed on body
fluids or skin secretions of fishes, and are important pests
of many marine and freshwater species, sometimes causing
severe damage to fisheries®.

Copepods typically have elongated, segmented bodies
consisting of a head, thorax, and abdomen. The carapace is
reduced or absent. Most have a single, simple eye in the
middle of the head. Female copepods retain their eggs in
egg sacks, a pair of which protrudes finger-like from the
posterior of the animal. Copepod development is anamor-
phic: the egg hatches into a nauplius that metamorphoses
into a juvenile form called a copepodid. Some parasitic
copepods (e.g., Lernaea, or anchor worms) are particularly
suited to a permanent parasitic lifestyle, and thus are
unrecognizable as copepods (or even as arthropods) except
during early larval stages.

BRANCHIURANS

Branchiurans, or fish lice, are a small group of 130 known
species, all of which are ectoparasites of fishes, although
some can use frogs and tadpoles as hosts’. They are broadly
oval, dorsoventrally flattened, have a broad carapace
almost entirely covering the body, and have large, distinc-
tive compound eyes. Appendages on the head are modified
into hooks, spines and suckers for attaching to the host,
and mouthparts are adapted for piercing the skin of the
host and sucking blood and body fluids (Figure 6.1)%.
Branchiurans are good swimmers. They can easily relocate
to a different host, and female fish lice leave the host to lay
their eggs on the substrate. When they locate a new host
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(Left) Argulus from black bass. (Right) Argulus japonicus male, ventral view. (Left) courtesy of W.A. Rogers, Southeastern Cooperative Fish

Disease Project, Auburn University. (Right) reproduced from Hoffman, G.L. (1967). Used with permission.

they typically attach behind the operculum or a fin, which
reduces the likelihood they will be brushed or washed off
of the host.

PENTASTOMIDS

The taxonomic status of the pentastomids (also called pen-
tastomes or tongue worms) historically has been uncertain,
but most evidence places them near the Branchiura in a
class or subclass, the Pentastomida®!!. They are a small
group (about 70 species) of mostly tropical to semitropical,
hematophagous, pulmonary, or nasopharyngeal parasites,
usually of snakes, lizards, amphibians, and crocodilians. A
few species parasitize sea birds, canines, or felines. They are
morphologically and biologically atypical of arthropods,
and their phylogenic relationships have been problematic.

Superficially, pentastomids resemble annelids; they
have wormlike, elongate, segmented bodies and lack
antennae, eyes, obvious appendages, or other typical
arthropodan features (Figure 6.2). A characteristic of all
adult pentastomids is the presence of two pairs of
retractable hooks, often at the end of stubby, leg-like
appendages, adjacent to the mouth (Figure 6.3). Super-
ficially, the two pairs of retracted hooks resemble four

additional mouths, hence the source of the subclass name
(penta = five, stoma = mouth). The hooks serve to attach
the worm to the host and to tear host tissues, releasing
blood and fluids for ingestion by the parasite.

In the more evolved pentastomid species, the life cycle
is heteroxenous and similar to that seen in many cestodes.
The female lays eggs that pass up the trachea of the host,
where they are expectorated or swallowed and passed out
with the feces. A suitable intermediate host (including sev-
eral species of fish, reptiles, amphibians, mammals, or
insects) then ingests the eggs, which hatch in the intestine.
Newly hatched larvae penetrate the gut wall and migrate
through the body, eventually encysting in body tissues—
usually in the viscera—and metamorphosing into quies-
cent nymphs. The definitive host is infected by eating
animals or viscera containing nymphs.

Pentastomids have public health importance, because
some species can use humans as either intermediate or
definitive hosts. Human infection by Linguatula serrata, a
parasite of dogs and other carnivores, causes nasopharyn-
geal pentastomiasis known as “halzoun” or “marrara” in
parts of Asia, North Africa, and the Middle East. Infection
occurs when nymphs are ingested with raw or under-
cooked viscera of ungulate animals.
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Fig. 6.2 Linguatula serrata. (Left) Male. (Right) Female. Courtesy of
A. Fain, Institut de Médicine Tropicale Prince Léopold.

YR AT T I LA

VALERRE g Lp g bk AT pApnLr:

§1E1 .|'|:||1'.. [ el pghi

NIRRT AT | F.’.r..'.*,i..“.. T
TR

PR i
i A SRR FTE )
TR Y B T b

LERITET

I } .
Fig. 6.3 Linguatula serrata nymph. Note spinous body rings and the
two pairs of binate hooks. Courtesy of A. Fain, Institut de Médicine
Tropicale Prince Léopold.
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CHELICERATA

The Chelicerata includes roughly 70,000 species distrib-
uted in three classes. The Merostomata (horseshoe crabs)
and the Pycnogonida (sea spiders) are two small classes of
marine arthropods. The Arachnida (arachnids), is by far
the largest and most diverse class, and contains the para-
sitic mites and ticks.

Chelicerates typically have six pairs of appendages and
do not have antennae. In most taxa, the body has two dis-
tinct divisions: the prosoma (cephalothorax), which is the
fused head and thorax, and the opisthosoma (abdomen).
The prosoma comprises six segments and their respect-
ive appendages. The chelicerae are post-oral feeding
appendages, which may be chelate (pincer-like) or bear
fangs. The second pair, the pedipalps, are variously
modified for sensory, defensive, feeding, or reproductive
functions. The remaining four pairs of appendages are
walking legs. In most chelicerates, the coxae of one or
more pairs of appendages are modified for grinding food
and passing it to the oral cavity. The opisthosoma primi-
tively comprises up to 12 segments, but abdominal seg-
mentation is reduced or absent in many taxa. In several
taxa the opisthosoma terminates in a tail, but appendages
on the abdomen are usually absent.

Arachnida

The class Arachnida comprises the orders Acari (mites
and ticks), Amblypygi (whipspiders), Araneae (spiders),
Opiliones (daddy longlegs), Palpigradi (microscorpions),
Pseudoscorpiones  (pseudoscorpions), Ricinulei (ricin-
uleids), Schizomida (short-tailed whipscorpions), Scorpi-
ones (scorpions), Solifugae (sun spiders), and Uropygi
(whipscorpions)®. Spiders make up the majority of the more
than 38,000 species in the class, followed by ticks and mites
with more than 30,000 species. While there are some ven-
omous spiders and scorpions that could potentially affect
laboratory animals, by far the most medically important
arachnids are the parasitic ticks and mites in the order Acari.
All species of ticks and several species of mites are
cosmopolitan parasites of endothermic and exothermic
animals. Ticks and mites are morphologically similar, yet
they have distinct differences. Most notably, ticks are large
and easily macroscopic, while most mites, especially those
species that are animal parasites, are small to microscopic.
The classification of the Acari is unsettled, and can get
somewhat complicated. Krantz!> proposed two orders:
Acariiformes (acariform mites) and Parasitiformes (ticks
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and parasitiform mites). Evans'® elevates the Acari to sub-
class level and recognizes two superorders and seven orders.
However, the primary difference between classification
systems is the level (i.e., subclass, order, or suborder)
assigned to the taxa. This text follows the classification of
Barnes® as modified by Triplehorn and Johnson®, in which
the Acari form an order comprising six suborders. The
suborder Ixodida contains the ticks, and the suborders
Mesostigmata, Prostigmata, and Astigmata contain
parasitic mites that might be encountered in laboratory
situations. The suborders Opilioacariformes and Oribatida
are composed entirely of free-living species, but some
oribatid species are important as intermediate hosts of
Moniezia expansa, a tapeworm of ruminants.

In the Acari, the prosoma and opisthosoma are fused,
and there is no apparent segmentation. This situation has
given rise to a special nomenclature for the body regions of
this group. The capitulum, or gnathosoma, is the “head,”
composed of the segments of the mouth and its
appendages. The rest of the body is the idiosoma.

Larval Acari have three pairs of legs and adults gener-
ally have four pairs; however, some adult mites have only
one to three pairs. The mouthparts of the parasitic Acari
are modified for specialized feeding. The feeding structures
arise from a basal structure called the basis capitulum,
the shape of which is taxonomically important. The pedi-
palps are modified for holding a fold of skin while the
chelicerae lacerate the folded tissues. The hypostome,
composed of the fused coxae of the pedipalps, is a rod-
shaped structure that is inserted into the host during feed-
ing to suck up the blood or lymph flowing into the wound.
The hypostome of ticks is armed with recurved teeth,
allowing for attachment to the host. In mites, the hypo-
stome is smooth, and chelicerae are often modified to aid
in attachment.

Suborder Ixodida (ticks)

The suborder Ixodida contains two subfamilies: the Ixodi-
dae, or hard ticks, and the Argasidae, or soft ticks. All
ticks have four stages in their life cycle: egg, a six-legged
larval stage, and eight-legged nymphal and adult stages.
Depending on species and availability of hosts, the life
cycle may require from a few weeks to a few years to com-
plete. Although some ticks are host-specific, most will feed
on any suitable host. Many tick species can survive with-
out feeding for several years.

Much of the behavior associated with ticks is under
hormonal control. Tick pheromones have been recognized
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that influence aggregation, attachment, and reproduction.
Mating behavior is typically species-specific, complex, and
controlled at several stages by these chemicals.

Ticks can cause significant damage to their hosts.
Heavy tick burdens cause dermatosis, secondary infec-
tions, debilitation, and anemia. Several tick species pref-
erentially engorge in the ears of the host, a condition
called otoacariasis, causing serious irritation, internal ear
infections, or damage to external structures. A condition
known as “tick paralysis” or “tick bite paralysis™ affects
man, cattle, dogs, and other mammals when certain tick
species attach near the base of the skull. This apparently
results from salivary secretions by the tick, and is quickly
remedied when the tick is removed. In addition to
directly harming hosts, ticks are excellent vectors for a
large number of parasitic, bacterial, rickettsial, and viral
diseases.

Family Ixodidae, the hard ticks, includes more than
800 species, and is divided into three subfamilies com-
prising ten genera: Ixodes (Figure 6.4); Amblyomma
(Figure 6.5); Haemaphysalis, Aponomma, and Dermacentor
(Figure  6.6);  Rhipicephalus;  Anocentor;  Hyalomma;
Boophilu; and Margaropus. Hard ticks usually inhabit envi-
ronments with somewhat humid conditions.

In the ixodids, the capitulum projects anteriorly and
can easily be seen when viewed dorsally. Other characteris-
tics include a large sclerite (scutum) covering much of the
idiosoma, eyes (when present) located on the scutum,
sexual dimorphism (e.g., females are larger than males and
the scutum of the female does not completely cover the
idiosoma), and stigmatal (spiracular) plates behind the
fourth pair of legs, and the posterior margin of
the opisthosoma is often subdivided into sclerites called
festoons (Figure 6.7). In addition, all Ixodidae have only
one nymphal instar.

Depending on species, female ixodids lay 100 to
20,000 eggs that hatch into larvae (“seed” ticks) that then
climb onto low vegetation and extend their front legs in
response to a passing host—a behavior that is referred to as
“questing.” Once they attach to a host and obtain a blood
meal, they molt to an eight-legged nymphal stage, then
they must again feed and molt to the adult stage.

During the feeding process, ixodids secrete a salivary
substance that cements them to the host, preventing them
from being easily dislodged. The engorgement process in
hard ticks may take several days to complete. Copulation
occurs on the host with the male tick producing a sper-
matophore that is placed under the genital operculum of
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Fig. 6.5 Amblyomma americanum. (Left) Male. (Right) Female. Courtesy of G.M. Kohls, Rocky Mountain Laboratory.

the female. The engorged, fertilized female drops off the
host and deposits her eggs in the soil or litter. The final
blood meal is terminal, and after mating and oviposition,
the adults die.

Hard ticks exhibit a variety of life histories, depending
on the number of hosts on which they complete their
life cycle. If the larval, nymphal, and adult stages of a tick
species are completed on the same host, it is a one-host tick.
If the larval and nymphal stages are completed on one host,
and the nymph drops off to find and attach to another host
on which it attains the adult stage, it is a two-host tick.
However, most ixodids are three-host ticks, completing the

larval, nymphal, and adult stages on three different host
animals.

The family of soft ticks, or Argasidae, includes more
than 160 species in five genera, including Argas, Ornithor-
doros, Otobius, Nothoaspis, and Atricola. Nothoaspis and
Atricola spp. infest cave-dwelling bats in North and
Central America and would not normally be encountered.
In general, argasid ticks inhabit environments of extremely
low relative humidity.

Argasid ticks have a capitulum that is subterminal and
cannot be seen in dorsal view. The capitulum lies in a
groove called the camerostome. Additionally, soft ticks do



BIOLOGY OF ARTHROPODS

59

2mm

2mm

Fig. 6.6  Dermacentor andersoni. (Left) Male. (Right) Female. Courtesy of G.M. Kohls, Rocky Mountain Laboratory.

Fig. 6.7 Amblyomma male, dorsal view. Courtesy of U.S. Department
of Agriculture.

Fig. 6.8 Ornithodoros turicata adult male, dorsal view. Courtesy of
U.S. Department of Agriculture.

not have festoons or a scutum, eyes are on the lateral
margins of the body, stigmatal plates are behind the
third pair of legs, and there is little sexual dimorphism
(Figure. 6.8).

Some argasid ticks seek hosts by questing on low-
lying vegetation, but most are nest parasites that rest in
sheltered environments such as burrows, caves, or nests.
Life stages of Argasids are not easily distinguishable. Larvae
usually remain on the host until molting, but nymphs and

larvae may leave the host between feedings. They typically
feed quickly and hide nearby until the next feeding. Unlike
ixodid ticks, many argasids go through multiple nymphal
stages. Adult females deposit small batches of eggs in their
hiding places between blood meals.

Suborder Mesostigmata

Mites of the suborder Mesostigmata are more closely related
to the ticks than to other mites. They are characterized by
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having one or more sclerotized ventral plates, a large dorsal
scutum, and a single pair of lateral stigmata on the idiosoma,
located just behind and lateral to the third coxae!. A tra-
cheal trunk (peritreme) usually extends anterior from each
stigma, which makes it easy to recognize species belonging
to this suborder. Although the majority are nonparasitic,
numerous species are parasitic, some of which are capable of
transmitting viruses, rickettsiae, bacteria, protozoans, and
helminths.

Important families within this suborder are Laelapti-
dae, Halarachnidae, Dermanyssidae, and Rhinonyssidae.
Laelaptidae is a cosmopolitan family that includes a large
number of diverse genera. They are the most common
ectoparasites of mammals, and some species parasitize
invertebrates. Halarachnids are parasites of the respiratory
systems of mammals. Dermanyssids are parasites on verte-
brates and are of considerable economic and medical
importance. Rhinonyssids are parasitic in the respiratory
tracts of many species of birds.

Suborder Prostigmata

The Prostigmata are structurally and biologically diverse
and include some of the most common parasites of ani-
mals. Important families with parasitic members include:
Cheyletidae, Pyemotidae, Psorergatidae, Demodicidae,
and Trombiculidae. Larvae of species in the Trom-
biculidae are called chiggers, which are cosmopolitan
ectoparasites on a variety of wild and domestic vertebrates
worldwide!>. Larvae of some chigger species are vectors of
Rickettsia tsutsugamushi, which causes scrub typhus in wild
rats and man.

Suborder Astigmata

Mites of the suborder Astigmata are closely related to the
Prostigmata. They are soft bodied in all life stages. Sexual
dimorphism is common, and the males usually have
prominent adanal suckers. Astigmatids lack a tracheal sys-
tem and respire through the tegument. They lack tarsal
claws and have sucker-like structures on their pretarsi.
Some of the most important parasitic mites, the itch mites
or mange mites, belong to this suborder. Important astig-
matid families include Psoroptidae, Sarcoptidae, Knemi-
dokoptidae, and Pyroglyphidae. Members of Psoroptidae
feed on lymph produced by piercing the skin at the base of
the hair, which causes severe inflammation and scabbing.
Sarcoptids are morphologically similar to psoroptids.
These mites burrow into the skin of the host, forming
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tunnels within the subcutaneous layers of tissue and caus-
ing severe pruritus. Knemidokoptid mites are very similar
in morphology and biology to the Sarcoptidae. Species of
this family also burrow into the skin of the host.

HEXAPODA

The insects and their kin are the largest and most familiar
group of arthropods, comprising more than 800,000
described species. Hexapoda includes 28 orders in the class
Insecta, plus a group collectively called the Entognatha—
three orders of primitively wingless hexapods exhibiting
ametabolous development. Insecta is usually divided into
the Apterygota, or wingless insects, consisting of two
wingless orders, and the Pterygota, or winged insects,
which comprises the remaining 26 orders and accounts for
most hexapod species, including all taxa of veterinary
interest. Parasitic insects that can affect laboratory animals
are found in the orders Hemiptera (bugs), Pthiraptera
(lice), Siphonaptera (fleas), and Diptera (flies).

All hexapods are characterized by having three pairs of
legs; uniramous appendages; one pair of antennae; and tag-
mata consisting of head, thorax, and abdomen. The head is
composed of five fused segments. Mouthparts consist of
one pair of mandibles and one pair of maxillae, along with
accessory structures: the labium (upper lip), labrum (lower
lip) and hypopharynx (a tongue-like structure between the
mandibles). There are two basic types of insect mouthparts:
mandibulate and haustellate. In mandibulate mouthparts,
the mandibles move in a transverse plane, and the insect
bites off and chews solid food. Haustellate mouthparts are
modified into an elongated proboscis, forming a tube
through which liquid food is ingested.

There are three thoracic somites (prothoracic,
mesothoracic, and metathoracic), each with a pair of legs.
Most adult insects also have pairs of wings on the
mesothoracic and metathoracic somites. Wings of insects
are not typical arthropod appendages; they actually are
outgrowths of the lateral wall of the thoracic segments.
Insect wings typically are thin and membranous, and are
supported and strengthened with hollow veins that may
contain tracheae, nerves, and hemolymph. In groups that
are entirely parasitic (e.g., lice and fleas), as well as some
parasitic species in other orders, adults are secondarily
apterous, an adaptation to life as permanent ectoparasites.
The abdomen is made up of a maximum of 11 abdominal
segments, with reproductive appendages on the terminal
segments.
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Insects exemplify all of the biological and ecological
diversity previously described for the phylum Arthropoda
with one notable exception: very few insects have exploited
the marine environment. Most insects are terrestrial, but
many are aquatic in fresh or brackish water for part or all
of their life cycles.

Hemiptera

The hemimetabolous true bugs form the order Hemiptera,
which contains about 35,000 species®. While morphologi-
cally and biologically diverse, the unifying characteristic
of the order is unique; haustellate mouthparts composed
of four piercing stylets (the mandibles and maxillae)
enclosed in a slender, flexible sheath (the labium) that is
usually segmented. The maxillae enclose a food channel,
through which food is withdrawn, and a salivary channel,
through which saliva is injected. The proboscis typically
projects backwards under the head and thorax when at
rest, and is only extended for feeding.

While most hemipterans are plant parasites or insect
predators, using their mouthparts to suck plant sap or insect
hemolymph, a few are parasites of vertebrates. Polyctenidae
are highly evolved parasites of bats. They are quite rare and it is
unlikely they would be observed on laboratory animals. The
Cimicidae and some of the Reduviidae are obligate, inter-
mittent ectoparasites, sucking blood of vertebrate animals.
Cimicidae
The family Cimicidae contains more than 70 species in 22
generalé. Most genera are ectoparasites of bats, while
others are pests of man, various mammals, chickens, and
nesting birds. Many are local in distribution and of little
medical or veterinary importance, but some species are
extensively distributed. Most species will feed on other ver-
tebrates when preferred hosts are unavailable.

Cimicids are dorsoventrally flattened, broadly oval,
reddish brown bugs approximately 6 mm long. They have
reduced wing pads but no actual wings. The integument is
sparsely covered with short hairs or bristles (Figure 6.9).
They have a distinctive, foul odor that is very noticeable,
particularly with a large infestation.

Bed bugs hide in cracks and crevices near the hosts,
feeding for 5- to 10-minute periods and then returning to
their hiding places. Females lay up to 500 eggs in batches of
10 to 15 in their hiding places. Most species have five
nymphal instars, each approximately one week long, with a
blood meal required before each molt. A blood meal is also
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Fig. 6.9 Cimex lectularius female. Courtesy of M. Dorothy Cox and
Loma Linda University.

required by females prior to oviposition and by males prior to
mating. Bites by cimicids typically do not cause lesions when
reared on animals under laboratory conditions. The most
common pathologic effects are annoyance and loss of blood.

Reduviidae

Most reduviid bugs are predators on other arthropods, but
those in the subfamily Triatominae, a group of about 110
species in 14 genera, are obligately hematophagous on ver-
tebrates'”. Commonly known as “kissing” bugs, blood
sucking conenoses, cone-nosed bugs, or Mexican bedbugs,
they are mainly tropical and subtropical, and are restricted
to the Western Hemisphere and the Oriental region.

These are large insects, with some species exceeding
40 mm in length. They have a long, narrow, freely articu-
lated, cone-shaped head with four-segmented antennae
and a slender, three-segmented proboscis. Large, com-
pound eyes are located midway or farther back on the sides
of the head. The edges of the abdomen extend laterally
beyond the folded wings and in many species are marked
with orange or yellow spots (Figure 6.10).

Kissing bugs feed readily on a wide variety of mam-
malian hosts, including humans?.

Triatomines tend to be specific in habitat preference,
with several species favoring structures that provide cracks
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Fig. 6.10  Rhodnius prolixus male. Courtesy of M. Dorothy Cox and
Loma Linda University.

and crannies for hiding places. Females lay a few dozen to
1,000 eggs in their preferred haunts. There are five instars per
generation, and typically one generation per year. As with
other hematophagous bugs, they spend most of their time in
hiding, emerging at night to acquire a blood meal. Adults
feed at least once per week, but can go without a blood meal
for months at a time. The feeding bite is relatively painless.

The group is of great public health importance
because several species are vectors of the protozoon parasite
Trypanosoma cruzi, the causative agent of Chagas™ disease,
which affects man and other susceptible hosts throughout
much of Central and South America. Dogs, cats, and rats
are the most important reservoir hosts around human
habitation.

Pthiraptera

The louse family comprises about 3,500 species and for-
merly was separated into two orders: Mallophaga (chewing
lice) and Anoplura (sucking lice). Current classification
places 18 families into four suborders: chewing lice in the
Rhyncopthirina, Amblycera, and Ischnocera, and sucking
lice in the Anoplura. Both chewing and sucking lice are
important pests of many species of laboratory animals,
including rats, mice, guinea pigs, dogs, cats, and birds.

Lice are small insects, 1 to 4 mm in length, and are
yellowish to blue-black in color. All are well adapted for
parasitism; they are apterous and dorsoventrally flattened,
with eyes either reduced or absent. Lice typically have stout
legs with claw-like tarsi for clinging to hair or feathers.

A simple feature used to separate chewing lice from
sucking lice is that the head of chewing lice is short and
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Fig. 6.11
Price, University of Minnesota.

Trichodectes canis female, dorsal view. Courtesy of R.D.

blunt and is typically broader than the prothorax
(Figure 6.11). Chewing lice have mandibulate mouthparts
and feed on bits of skin, fur, or feathers. However, some
chewing lice of fowl bite through the feather shaft to feed
on blood in the quill.

In contrast, the heads of sucking lice are often
elongate and pointed, and are narrower than the prothorax
(Figure 6.12). Sucking lice suck blood, and have mouth-
parts that are unlike any other arthropod group. The
mouthparts are made up of three, unsegmented stylets,
derived from the fused maxillae, the hypopharynx, and the
labium!8. When at rest, the stylets are retained in an eversi-
ble, saclike structure below the esophagus. During feeding,
the stylets are everted through a haustellum at the anterior
end of the head, penetrating the host tissues.

Lice are cosmopolitan, permanent, obligate ectopara-
sites of many species of endothermic animals. Chewing
lice infest both mammals and birds, while sucking lice
infest only mammals. They are highly host-specific and
cannot complete a life cycle away from their preferred
hosts, but will sometimes feed on an abnormal host. Many
animals are hosts to more than one louse species, with each
species tending to be found on a particular anatomical area
on the host.
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1 mm

Fig. 6.12  Polyplax serrata female, ventral view. Courtesy of K.C. Kim,
Pennsylvania State University.

Louse eggs, called “nits,” are glued to hairs or feathers
and development is hemimetabolous with three nymphal
instars. Generational times are two to four weeks under
normal environmental conditions, but longer under hot or
cold conditions. The number of lice on infested animals
typically tends to increase in winter. Lice are transmitted
mainly by direct contact between animals, but can be
transmitted by sharing contaminated roosts, nesting areas,
and similar sites.

Siphonaptera

More than 2,000 species of fleas are cosmopolitan, tempo-
rary, obligate ectoparasites of mammals and birds'. They
are small, heavily sclerotized, bilaterally flattened, and sec-
ondarily apterous (Figure 6.13). Most fleas are reddish
brown to black in color, but some species are tan or yellow,
and all species feed exclusively on blood.

Adult fleas are 1 to 4 mm long, and males are charac-
teristically shorter than females. Many of the morphologi-
cal features of fleas are unique among the arthropods. The
head has limited movement and is broadly joined to the
thorax. Mouthparts are piercing sucking type. On the
sides of the head capsule are grooves, containing the tiny

63

Fig. 6.13  Ctenocephalides canis female. Courtesy of R.E. Lewis, Iowa
State University.

antennae. Eyes, if present, are located anteriorly to the
antennae. Several species have a genal (or oral) ctenidium,
a conspicuous comb-like structure composed of heavy
spines, arising from the ventral margin of the head and sur-
rounding the mouthparts. Some species also have a prono-
tal ctenidium arising from the posterior margin of the first
thoracic segment. The body of the flea also has a number
of caudally directed setae. Ctenidia and body setae are
adaptations that assist the flea in retaining itself among the
fur or feathers of its host. The metathoracic legs are highly
developed for jumping.

Fleas undergo holometabolous development. The
adult female produces about 15 to 20 eggs per day, up to a
total of about 500, usually ovipositing while on the host.
High humidity favors oviposition. The eggs drop from the
host’s body, typically into the nest or other area frequented
by the host. Eggs are large (0.5 mm) compared to the adult
flea. Larvae are white, legless, and eyeless, and have rows of
stout hairs encircling the body. They have chewing mouth-
parts and feed on protein-rich organic detritus, especially
the digested blood available in the feces of adult fleas.
Larval fleas cannot close their spiracles, and therefore are
sensitive to low humidity. There are usually three larval
instars, at the end of which the fully developed larva
pupates within a silken cocoon that it spins from salivary
secretions. Under ideal environmental conditions, the life
cycle of most species requires from 20 to 75 days to
complete, but low temperatures can extend the larval
period to more than 200 days and the pupal stage to nearly
ayear.
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Depending on species, adult fleas can survive without a
blood meal for up to 125 days, and periodically fed fleas have
lived for more than three years under conditions of high
humidity'. Such longevity allows flea-transmitted pathogens
to survive long periods when vertebrate hosts are absent.

In general, fleas are not particularly host specific,
although they have preferred hosts. Most are parasites of
mammals, but about 100 species parasitize birds'®. Most
species easily transfer to other hosts, and are typical nest
parasites; they are seldom on the host and spend most of
their time in the host’s lair. In some species, females attach
permanently by their mouthparts to the host, while in a
few other species, females penetrate the skin and are true
intracutaneous parasites.

Families of fleas are separated principally by structure of
the head and abdomen, and by the placement of various setae
or bristles. Identification to species often requires dissection
and examination of female genitalia. Siphonapteran families
with medically important fleas that might be encountered
on laboratory animals include Pulicidae, Ceratophyllidae,
Letpopsyllidae, and Tungidae.

Diptera (true flies)

Diptera is one of the largest orders of insects, containing
more than 150,000 species in approximately 140 families.
Some flies, while not parasitic, breed and feed in filth and
can cause significant irritation and mechanically transmit
disease organisms to animals and man. Others are
hematophagous as adults, while still others cause myiasis as
larvae. Although many species of flies affect vertebrates,
few are important pests of laboratory animals. Parasitism
by flies is typically intermittent, and most likely encoun-
tered in animals collected from the wild, housed in
outdoor facilities, or received from outside sources.
Continued parasitism would be expected only in animals
housed outdoors or subject to invasion from outside.

Adult diptera have only one pair of functional wings
(di=two, ptera=wings) on the mesothorax. The metatho-
racic wings are reduced to knoblike structures, the halteres,
which function to maintain stable flight. Some ectopara-
sitic species are secondarily apterous. Mouthparts of adult
flies are haustellate, but their structure varies considerably.
In the hematophagous groups, mouthparts are modified
for piercing or lacerating tissues and for sucking or lapping
blood. In other groups they are modified for sponging or
lapping liquids, and, in a few species, they are vestigial or
absent.

FLYNN’S PARASITES OF LABORATORY ANIMALS

All Diptera are holometabolous. Most are oviparous,
but some are ovoviparous (larviparous), with larvae being
retained in the female after hatching. Retained larvae are usu-
ally deposited after the second instar, but in a few taxa, they
are retained through complete larval development, with
pupation taking place shortly after deposition. Dipteran lar-
vae typically require a wet medium for development, and
therefore are usually aquatic, semi-aquatic, or endoparasitic.

Identification of both the immature and adult stages of
Diptera can be difficult and is best left to a specialist. Iden-
tification of larvae can involve dissection of mouthparts and
examination of respiratory structures; whereas identifica-
tion of adults is based on the structure of antennae and legs,
on the pattern of wing venation, and on the distribution of
setac and bristles on the body surface. In some groups,
identification to the species level requires microscopic
examination of reproductive structures or mouthparts.

Diptera is divided into two suborders, Nematocera
and Brachycera, which are differentiated mainly by the gen-
eral morphology of the larval and pupal stages and by the
structure of antennae in the adult stage. In the Nematocera,
the antennae are filamentous, usually longer than the head,
and composed of many (more than three) relatively undif-
ferentiated segments. Antennae of males are usually
plumose. Nematoceran larvae have a well-developed head
capsule with mandibulate mouthparts. In the pupal stage,
appendages are not attached to the rest of the pupa, and, in
many taxa, the pupae are free-swimming and capable of
directed movement.

The Brachycera typically are robust flies, in which the
antennae are reduced to three segments. The third segment
is usually stylate or aristate, or it may be divided into a
number of subsegments. In most brachycerans, particu-
larly in the muscoid flies (a grouping of families sharing
characteristics with the house fly), larvae are called mag-
gots. They are cone-shaped and legless, and have a trun-
cated posterior, on which is located a pair of respiratory
spiracles. The head is vestigial, consisting primarily of a
pair of mouth hooks that move in a vertical plane. Pupae
of Brachycera are retained in a structure called a puparium
that is formed by the cuticle of the last larval instar.

Blood-feeding Flies

Hematophagous flies are found in the nematoceran families
Ceratopogonidae, Culicidae, Psychodidae, and Simuliidae,
and in the brachyceran families Tabanidae, Hippoboscidae,
and Muscidae. Only females of the ectoparasitic nemato-
cerans are hematophagous, requiring blood protein for egg
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production. Males generally feed on nectar or plant juices.
In hematophagous Brachycera, both males and females feed
exclusively on blood.

Ceratopogonidae (biting midges)

Also called “punkies” or “no-see-ums,” biting midges are
minute (1 to 4 mm long) biting flies, typically with dark
spotting on the thorax and wings. Culicoides is the most
prevalent genus, with species distributed worldwide.
Although their bite is irritating, species of Culicoides
midges are important primarily as vectors of pathogens'2°.

Culicidae (mosquitoes)
Mosquitoes are the most important insect vectors of
human disease and the most common bloodsucking
arthropods®. They are small flies, approximately 2.5 to
6 mm long, with long legs and wings and a long, slender
abdomen and proboscis. Mosquitoes are found worldwide
in practically any environment that provides developmen-
tal conditions that ensure completion of their life cycle.
There are four important genera affecting endo-
thermic laboratory animals: Culex, Aedes, Ochlerotatus, and
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Anopheles. Most  Culex mosquitoes are ornithophilic
nocturnal feeders. Aedes and Ochlerotatus (formerly placed
in the genus Aedes*') species are typically diurnal or crepus-
cular feeders. Anopheles spp. are nocturnal and crepuscular
feeders.

Mosquitoes develop almost exclusively in standing
water, and oviposition sites are somewhat species specific.
Certain mosquito species are associated with floodwater
(including flood irrigation), snowmelt, tree holes, artificial
containers, or salt marsh pools. Some mosquitoes lay eggs
either singly or in rafts on the water surface, while others
(typically, floodwater species) oviposit on the ground in areas
that will become flooded. Many species readily enter build-
ings and oviposit in standing water in drain traps, water
bowls, and similar sites. Larvae feed actively on algae, small
animals, and organic debris in the water, and respire air
directly through modified spiracles or siphons on the poste-
rior segments, spending most of the time suspended by these
structures from the surface film. Pupae suspend and breathe
through thoracic siphons and, if disturbed, will tumble
quickly away from the surface (Figure 6.14).

Fig. 6.14 General morphology of mosquitoes (Culicidae). (A) Adult female. (B) Eggs. (C) Larva. (D) Pupa. Courtesy of E.P. Catts, University of

Delaware.
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Psychodidae (sand flies)

The Psychodidae are a group of small, hirsute, moth-like
flies. Most psychodids are not parasitic, but those in
the subfamily Phlebotiminae, commonly called sand
flies, are hematophagous, and occur in tropical and warm
temperate regions worldwide. Hosts include several species
of reptiles, amphibians, birds, and mammals. Sand flies are
soft and delicate, and they are poor fliers, but are nonethe-
less good vectors of many disease agents*. Sand fly larvae
are not aquatic, but require high humidity and a source of
organic matter to develop. Typical breeding sites include
animal burrows, hollow trees, around buttress roots, and
under dead leaves on the forest floor'.

Simuliidae (black flies)

Black flies are a morphologically homogeneous group of
about 1,300 species in 24 genera, found worldwide wher-
ever there is suitable developmental habitat®. Also known as
turkey gnats or buffalo gnats, they are short (1 to 4 mm),
robust flies, usually gray to black in color but sometimes
brown to yellow. The prothoracic scutum is strongly pro-
nounced, resulting in a prominent hump, and they have
broad, strong wings with characteristically reduced vena-
tion. Immature stages are entirely aquatic in clean, well-
oxygenated flowing water. Gravid females typically oviposit
on rocks or trailing vegetation along the edges of rivers,
streams, irrigation canals, and similar habitats. Larvae attach
to the substrate and filter organic matter from the flowing
water by means of labial fans. Females of most species are
hematophagous, and are very persistent and bothersome,
with a painful bite. Black flies are vectors of several species of
parasitic protozoa and nematodes. Simulium and Cnephia
are the most important genera in the Americas.

Tabanidae (horse flies and deer flies)

These are mostly medium to large (6 to 25 mm), heavy-
bodied flies comprising about 4,000 species in up to 80
genera'. The eyes are very large, and often are striped with
bands of bright colors. Females of most tabanid genera are
hematophagous, with bladelike mouthparts adapted for
slicing tissues, and labella adapted for sponging up the
blood that flows from the wound. Tabanids typically
develop in aquatic or semi aquatic conditions, such as in or
along the edge of marshy ponds or in soil bordering
streams, but some species develop in dry pastures or other
areas that rarely hold free water. Eggs are laid on vegetation
or other objects overhanging the preferred developmental
habitat. Larvae are cylindrical, long, and maggot-like, and
have a retractile head with powerful mouth hooks. Larvae
move to drier areas of their habitat prior to pupation.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Tabanids are notorious biting pests of horses, cattle, deer,
and other mammals, including man, but they are impor-
tant primarily as vectors of a large number of parasitic pro-
tozoa and nematodes, as well as pathogenic bacteria.

Hippoboscidae (louse flies)

Louse flies are all semi-permanent to permanent ectopara-
sites of birds and some mammals, ranging in size from 2.5
to 10 mm. They are typically dark brown and dorsoven-
trally flattened, with tough, leathery bodies and strong,
squat legs. Antennae are short and are inserted into depres-
sions near the mouth. Some species are winged, while
others are apterous for all or part of their life cycles. Larvae
are retained within the female until shortly before pupa-
tion. The most important species of laboratory animals
includes the sheep ked, Melophagus ovinus, and the pigeon
fly, Pseudolynchia canariensis.

Muscidae (filth flies, tsetse flies, and stable flies)

This large, diverse family includes a number of usually dull-
colored, small- to medium-sized flies, the best known of
which is the house fly, Musca domestica. Most are non
biting, but a few genera are hematophagous. Species in the
genera Musca, Fannia, and Muscina are cosmopolitan, non-
biting, synanthropic flies that oviposit on animal wastes or
decaying organic matter. They are not obligately parasitic,
but may occasionally cause accidental myiasis. They are
most important as mechanical vectors of disease agents.

A few species of muscids are ectoparasites of
endothermic animals. Tsetse (Glossina and other genera)
are hematophagous flies native to tropical Africa. Most
members of the genus Stomoxys are found in Asia or Africa,
but the most common species, with worldwide distribu-
tion, is the stable fly, S. calcitrans. The stable fly super-
ficially resembles the house fly, but is differentiated by its
forward-projecting haustellum, as opposed to the sub-
terminal, sponging mouthparts of the house fly.

Flies that cause Myiasis

Myiasis is the invasion of the organs or tissues of vertebrate
animals by fly larvae that feed upon the tissues of the host or
on the ingested food of the host'. Various terms are used to
describe the location and type of myiasis—it may be enteric
or gastrointestinal; dermal, sub-dermal, or cutaneous;
nasopharyngeal; or urogenital. Myiasis is traumatic if it
occurs on an open wound, and furuncular if a boil-like lesion
is produced. If the path of larvae burrowing beneath the skin
can be traced, it is described as creeping. Bloodsucking larvae
of some calliphorid flies cause sanguinivorous myiasis.
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Myiasis may also be accidental (pseudomyiasis), facul-
tative, or obligatory. Accidental myiasis occurs when fly
eggs or larvae are ingested, or when it is caused by a species
that is not normally involved with myiasis. Facultative
myiasis occurs when species that normally are carrion-
feeders adapt to a parasitic existence on living vertebrates,
and can be subdivided into primary and secondary faculta-
tive myiases. Species causing primary facultative myiasis
are typically parasitic, but can develop saprophytically.
This situation is reversed in secondary facultative myiasis.
Obligatory myiasis occurs when a species is unable to com-
plete its life cycle without a living host.

Important fly species that cause facultative or obliga-
tory myiasis are in the muscoid families Calliphoridae,
Sarcophagidae, and Oestridae. James? and Zumpt*®
the literature and provide identification keys to immature
and adult flies that cause myiasis in man, and Baumgart-
ner?® provides a review and host list of nearctic blow flies
and flesh flies that cause myiasis in wild vertebrates.

review

Calliphoridae (blow flies)

This is a cosmopolitan family, most members of which are
about the size of a housefly or slightly larger. They are gen-
erally metallic green, blue, or copper in color, and most
species have dark stripes on the thorax. Adult calliphorids
have mouthparts of the sponging-sucking type, and are
omnivorous scavengers that feed on nectar, rotting animal
matter, or excrement. In most species, masses of eggs
(called “blow”) are deposited on carrion, excrement, and
similar materials. However, several genera contain species
that could cause myiasis in animals that have been col-
lected or housed outdoors.

Most calliphorids are involved in facultative myiasis,
with larvae developing in necrotic wounds or on soiled
pelage and only secondarily invading healthy tissue. In
fact, larvae of some species are used for maggot debride-
ment therapy to clean, disinfect, and stimulate healing in
intractable wounds?’. Important calliphorids include the
screwworm fly, Cochliomyia hominovorax, endemic in trop-
ical and warm temperate regions over much of the Ameri-
cas; the Old World screwworm fly, Chrysomyia bezziana,
which fulfills a similar niche in Africa, India, the Philip-
pines and East Indies; toad flies in the genus Bufolucilia;
and bird blow flies in the genus Prorocalliphora.

Sarcophagidae (flesh flies)

Sarcophagids are widely distributed and common world-
wide. They are morphologically similar to blow flies, and
sometimes are placed with them in a single family, the
MetopiidaeG. However, unlike calliphorids, flesh flies are
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never metallic. Flesh flies are overall dull gray in color, and
typically have a gray and black checkered abdomen and
three, longitudinal, gray stripes on the dorsum of the
thorax. Adults feed on sugar-containing materials, such as
nectar and fruit juices, and larvae nearly all feed on some
form of animal material, either as scavengers, as insect
parasites, or as parasites of vertebrates. Important genera

include Wohlfahrtia and Sarcophaga.
Oestridae (bot flies and warble flies)

This is a small family, all members of which are obligatory
endoparasites of endothermic animals, causing dermal,
nasopharyngeal, or enteric myiasis. Adults typically are large,
hairy, and bee-like. They are non-feeding, and mouthparts are
vestigial or lacking. Oestrids usually deposit eggs or first instar
larvae on or near the host, and the mere presence of host-
seeking adult flies often causes characteristic avoidance or
escape behavior in potential host animals. First-instar larvae
are very active, and enter the body of the host in various ways.
Some species enter the host through natural body openings,
while others work their way through intact skin. Bot fly larvae
commonly are called grubs or bots, and typically are thick,
short, and “C”-shaped, and variously armed with cuticular
spines that aid in maintaining attachment in the host.

Wood?® considers the oestridae to be a monophyletic
group composed of four subfamilies: cuteribrinae (skin
bots, rodent bots, and rabbit bots); oestrinae (nose bots,
head maggots); hypodermatinae (cattle grubs, reindeer
bots), and gasterophilinae (horse bots). These groups were
formerly assigned family status, so, in the older literature,
the group names end in the family suffix (—idae), rather
than in the subfamily suffix (-inae).

All cuterebrines are endemic to the Western
hemisphere, and include two important genera: Cuterebra
and Dermatobia. Cuterebra includes 41 species of North
American bot flies that cause dermal furuncular myiasis in
rodents and lagomorphs, and rarely in other mammals,
including humans. The female fly deposits eggs near a
burrow or nest, and the newly hatched larvae attach to the
first prospective host that brushes against them. The genus
Dermatobia is comprised of one species, D. hominis, the
human botfly or torsalo, which attacks a broad range of
endothermal hosts from Mexico through most of South
America (Figure 6.15).

Species of oestrinae cause either dermal or nasopha-
ryngeal myiasis in sheep, cattle, deer, elephants, camels,
and rodents. Oestris ovis, the sheep nose bot, is an econom-
ically important pest of domestic sheep and goats in the
Americas.
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Fig. 6.15

FLYNN’S PARASITES OF LABORATORY ANIMALS

Dermatobia hominis, third-stage larva. (Insets) Posterior spiracles (left) and typical spine (right). Courtesy of E.P. Catts, University of Delaware.
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The intent of this chapter is to describe the parasites of
importance to fishes maintained and used in laboratory
settings. In contrast to the first edition', the focus will be
only on those parasites that pose a serious threat to or are
common in fishes held in these confined environments.
Parasites emphasized are those capable of spreading,
proliferating, and causing significant disease in research
facilities. For the most part, parasites that are contracted
only in the wild are not addressed. Nevertheless, a few
species of wild fishes are used extensively in laboratory
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and thus pathogenic parasites that are contracted in the
wild and persist in these fishes after capture are included.
The use of aquatic animal models in research has
significantly increased in recent years, as is exemplified by
the dramatic increase in the use of zebrafish in genetic
research’. Many fish species are used in laboratory
research. However, coverage in this text is limited to the
following fish species: zebrafish (Danio rerio), goldfish
(Carassius auratus), rainbow trout (Oncorbynchus mykiss),
stickleback (Gasterosteus spp.), mummichog (Fundulus
heteroclitus), gulf killifish (Fundulus grandis), sheepshead
minnow (Cyprinodon variegatus), fathead minnow
(Pimephales  promelas), and swordtails and platys
(Xiphophorus spp.). Even though the Japanese medaka
(Oryzias latipes) is widely used in aquatic toxicology,
carcinogenicity testing, and biomedical research, this
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species is not included because it appears to be resistant to
infection by most of the common ectoparasites infesting
captive fishes.

As in the previous edition', the material is organized
by parasite taxa rather than hosts, because the most impor-
tant parasites show very broad host specificity. However,
when appropriate, sections addressing unique characteris-
tics of specific host-parasite relationships are included.

GENERAL PREVENTION STRATEGIES

Parasites with direct life cycles can rapidly proliferate in
confined research systems. Therefore, attention should be
given to preventing the introduction of such pathogens.
Avoidance of introduction of pathogens is accomplished
by 1) using fishes from pathogen-free suppliers, 2) prophy-
lactic treatment with formalin baths or other chemicals to
remove external parasites, 3) holding fishes in quarantine
for several weeks before introduction into the research
facility, 4) avoidance of introducing water with new fishes
into the holding systems, 5) disinfection of incoming
water to the system by either ultraviolet sterilization or
ozonation, and 6) using only eggs for new stock whenever
possible. Eggs should be surface disinfected with either
iodophors (for salmonid eggs) or chlorine (as used for
zebrafish eggs) to remove external pathogens. Reviews
on quarantine and prevention procedures are provided in
several sources®.

Avoidance of parasites begins with purchase of
research fishes from reputable suppliers that can provide a
general disease history of their stocks. It is generally better
to obtain fishes that have been reared in enclosed systems,
versus pond-reared or wild fishes. Aside from certain
stocks of salmonids, most fish suppliers do not provide
specific pathogen free (SPF) fish. Many healthy fish, par-
ticularly those from the wild or ponds, arrive with light
infestations by external parasites.

The most common method to remove these monoge-
neans, ciliates, and flagellates is to immerse them in forma-
lin at 125 to 250 ppm for 30 to 60 minutes’. The toxicity
of formalin baths varies considerably among fish species, so
it is important to test a few individuals before applying this
treatment to large numbers of fish. Copper sulfate baths
may also be used, particularly with marine systems’. These
baths will not remove internal parasites, and thus careful
observation of fish in separate quarantine systems is
advised. In addition, researchers should consider complete
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necropsy and disease evaluations on representative speci-
mens of new stocks of fish before introduction into large or
valuable facilities.

Many facilities maintaining small fishes use dechlori-
nated city water, which will eliminate most fish parasites.
In addition, sterilization of the incoming and recirculating
water may be appropriate. The most common methods
for disinfecting water entering fish systems are by either
ultraviolet sterilization or ozonation. Certain fishes, such
as salmonids, can be easily transported as eggs’, and new
stocks of those species should be obtained as eggs when-
ever possible. Another useful alternative is to obtain new
fishes as brood stock, hold them in a separate facility,
spawn the fish, and then disinfect the eggs before entry
into the research facility®.

Another important consideration in laboratories
maintaining captive fishes is to prevent the spread of
ectoparasites among aquaria, raceways, and large tanks in
the facility. Because parasites can be spread between tanks
by aerosol spray associated with water aeration®, arrange-
ment of holding tanks should be in a fashion that
minimizes aerosol contamination. Designing and using
fitted glass tops for aquaria and tanks is also an effective
means of minimizing aerosol contamination. Parasites can
also be spread among aquaria by contaminated nets. This
type of contamination can be prevented by using a single
net for each aquarium or by disinfecting nets between
tanks.

An excellent method to monitor the overall health of
captive fishes maintained for research is the incorporation
of a sentinel animal program, similar to those used in
mammalian research facilities, into the existing health
monitoring activities. This is accomplished by placing fish
in a location in the facility where they receive effluent from
most tanks to optimize potential exposure to all pathogens
in the facility. One effective practice that we use with
zebrafish is to hold them for about three months and then
examine them by histology. In this case, fishes are exam-
ined by only histology, because specific virus and bacterial

pathogens (other than Mycobacterium spp.) are not well-
described for zebrafish.

PROTOZOA
Phylum Dinoflagellata

Parasitic dinoflagellates infest both freshwater and marine
fishes. The two most important species infesting captive
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fishes are Piscinoodinium pillulare and Amyloodinium
ocellatum. These parasites are very similar morphologically
and have the same life cycles. Piscinoodinium pillulare is a
significant pathogen of both tropical and temperate fresh-
water fishes. Amyloodinium ocellatum is the marine ana-
logue of P pillulare and is one of the most important
parasites infesting warm water marine fishes.

Piscinoodinium pillulare and
Amyloodinium ocellatum

Morphology. The non-motile trophont of Piscinood-
inium pillulare measures about 9 to 12 p long by 40 to
90 p wide, is pear-shaped (Figure 7.1), and possesses an
attachment disc from which radiate numerous rod-like
organelles called rhizocysts’. These structures penetrate
into and are firmly embedded in host epithelial cells. The
trophont is covered by a theca and contains well-developed
chloroplasts and starch granules, but no digestive vacuoles.
The disc-shaped chloroplasts are situated at the periphery
of the cell. They also have a single, prominent, spherical
nucleus that contains large dinoflagellate chromosomes.
Trophonts of A. ocellatum are ovoid, mostly up to 150 pm
long, and possess an attachment plate from which radiate
filiform rhizoids and a stomopode’. The rhizoids embed
in the host epithelial cells, and the stomopode is believed
to produce lytic substances. Trophonts are covered by a
theca which is reinforced by plates within thecal alveoli’.
The trophont cytoplasm possesses a spherical nucleus,
digestive vacuoles, and starch grains, but lacks chloro-
plasts.

Hosts. Virtually all freshwater fishes are susceptible
to infestation with P pillulare when maintained above
17°C to 20°C. Outbreaks of P pillulare are occasionally
seen in zebrafish research facilities. A. ocellatum is also non-
specific in its host range, infesting most marine teleosts,
including both food and aquarium fishes. Even freshwater
teleosts are susceptible to infestation when they are in
brackish water!?.

Life Cycle. After approximately six days of growth
at 25°C, the developed trophont of P pillulare drops off
the host, sinks to the substratum, rounds up, and becomes
a tomont. It undergoes a series of successive divisions,
resulting in the production of 256 tomites which differen-
tiate into gymnospores’. Gymnospores possess a small
stigma, are motile, and go on to infect other fish hosts.
The life cycle of A. ocellatum is similar to that described
for P pillulare. Tomonts produce up to 256 infective
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Fig. 7.1 Piscinoodinium pillulare. Line drawing of an attached
trophont showing the characteristic morphological features. N =
nucleus. S = starch granules. M = mucocyst. A = attachment disc.
H = host cell. Thick arrows = chloroplasts. Long arrow = flagellar
groove. Reproduced from Lom, J. and Dykovd, 1. (1992). Used with

permission.

dinospores which attach to a host and differentiate into
trophonts.

Pathologic Effects. Histopathologic changes in the
gills of fishes infested with P pillulare range from separa-
tion of the respiratory epithelium to lamellar fusion and
prominent epithelial hyperplasia that may involve entire
gill filaments. Eventually there is epithelial cell degenera-
tion and necrosis. Similarly, skin infestations result in
severe hyperplasia, petechial hemorrhages, and erosion of
the epithelium. Fishes heavily infested with A. ocellatum
exhibit widespread pathological changes to the gill epithe-
lium. The gills are edematous and hyperplastic, showing
inflammation and hemorrhage resulting in necrosis of gill
filaments®. This severe gill damage together with anoxia is
the apparent cause of death!!.

Clinical Disease. Piscinoodinium is the causative
agent of velvet disease. Infested fishes may exhibit a
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golden, velvety hue on the body surface. Clinical signs
include the appearance of discomfort, spreading opercula,
and folding of fins. There may also be excess mucus, dark-
ening of the skin, and petechial hemorrhages. Heavily
infested fishes are lethargic, may hang near the surface of
the water, and exhibit labored breathing. Some fish exhibit
anorexia. Amyloodinium is the causative agent of marine
velvet disease. Heavily infested skin may have a dusty
appearance, but often fishes die without obvious skin
lesions. Fishes with heavy infestations show typical signs of
discomfort, including gasping for air, scratching against
objects in the water, and loss of appetite.

Diagnosis. Piscinoodinium infestations are diag-
nosed by observation of the sac-shaped trophonts in either
wet mounts or histological sections (Figure 7.2). For the
former, P pillulare is distinguished from many other sur-
face-infesting protists by its lack of motility. A. ocellatum is
diagnosed by finding the characteristic trophonts in wet
mounts or histological sections of skin or gills. The highly
vacuolated cytoplasm and large central nucleus are key
identifying features.

Treatment. Prolonged immersion in salt at about
1 teaspoon/5 gallons is one of the safest and most effective
treatments for P pillulare infestations. However, very
heavy, life-threatening infestations may require treatment
with a one- to three-minute salt bath in full-strength sea
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water (35 ppt) to dislodge trophonts’. Note that not all
freshwater fishes can tolerate saline baths. Raising water
temperatures to 33°C to 34°C has also been reported to
control infestations'>. Copper has been suggested as a
treatment'?, but its unpredictable toxicity in soft, acid
freshwater often makes it dangerous to use in aquaria.

The most common treatments for A. ocellatum infes-
tations are copper sulfate and formalin. Copper sulfate is
used at 0.3 to 0.5 mg/l for ten days or formalin at 100 to
200 mg/l for 10 days. For these treatments, it is advisable to
raise the water temperature to 24°C to 27°C to speed up
the life cycle. The presence of off-host developmental stages
should be considered when implementing a treatment
regime. These increased temperatures shorten the time
for trophont and tomont development, so the motile
infective stages can be exposed to the chemicals. Both
Noga’ and Levy' show reviews of treatments for
Piscinoodinum and Amyloodinium.

Prevention. Avoid exposure of fish and water sys-
tems to infected fish, water, nets, or any other items that
have come in contact with infected systems. Quarantining
fish and prophylactically treating them prior to their
introduction into a laboratory system will also help pre-
vent this parasitic dinoflagellate. Treatment of aquaria and
other holding tanks with chlorine bleach followed by
thorough washing with freshwater and then drying of the
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Fig. 7.2 Histological section of gills heavily infested with Piscinoodinium pillulare (X). Hematoxylin and eosin. Arrow = early, small stages.

(A) Low magnification, bar = 50 pm. (B) High magnification showing large nucleus and refractile cytoplasmic granules. Bar = 10 pm.
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systems for several days before reuse provides additional
assurance for not spreading the parasite to newly intro-
duced fishes.

Public Health Considerations. Neither of these
parasites pose a threat to public health.

Phylum Euglenenozoa
Ichthyobodo necator

The bodonid flagellate Ichthyobodo necator (Syn. Costia
necatrix) is a common ectoparasitic pathogen of fishes
reared in fresh water'>. The parasite exhibits very broad
host and geographic distribution, infecting many species
in freshwater and occasionally in seawater'®!”. Cross-
transmission studies'” and recent molecular studies'® indi-
cate that the parasite actually represents an assemblage of
morphologically indistinguishable species with narrower
host specificities.

Morphology. Ichthyobodo necator is a small, actively
swimming flagellate measuring about 10 w long by 5
wide. It is one of the smallest ectoparasites that infests
fishes. Two forms are observed: pyriform stages attached to
the surface of gills and skin, and oval or bean-shaped free-
swimming forms (Figures 7.3 and 7.4). The flagellate has a

single, centrally located nucleus which contains a large
g y 24

Fig. 7.3  Ichthyobodo necaror, attached stage. Reproduced from
Lom, J. and Dykov4, I. (1992). Used with permission.
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nucleolus. It has two unequal flagella that extend from a
deep flagellar pocket. These flagella are easily visualized by
phase contrast microscopy.

Hosts. Ichthyobodo necator sensulato has very broad
host specificity. It is a dangerous ectoparasite of practically
all freshwater fishes. Goldfish and salmonids appear to be
particularly susceptible, and if untreated, mass mortalities
may occur within a few days. Although most infestations are
reported from captive freshwater fishes, a marine form of the
parasite causes disease in flatfish and salmonids in sea
water!” 19,

Life Cycle. Reproduction is by binary division,
which begins with a doubling of the flagellar number’.
Transmission is direct from fish to fish, and no cyst stages
have been detected. The duration that the parasite remains
viable off its host has yet to be determined.

Pathologic Effects. Ichthyobodo attacks the whole
surface of the host. Skin or gill infestations are often very
intense, and the action of the flagellate results in disrup-
tion of the epithelial or epidermal cells, causing widespread
pathological changes (Figure 7.5). Studies with salmonids
have shown degenerative changes and severe hyperplasia in
epidermal cells, exhaustion of goblet cells at the site of
infestation, and hyperplasia of Malpighian cells’.

Clinical Disease. Affected fish exhibit labored breath-
ing and may be listless and position themselves at the surface,
all signs of respiratory distress. Infestations of the body sur-
face are associated with flashing behavior and a grayish cast

Fig. 7.4 Wet mount of Ichthyobodo necator, free swimming phase.
Phase contrast microscopy.
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on the skin. Heavily infested Atlantic salmon in Scotland
were emaciated and anorexic, and swam near the surface!.

Diagnosis. The infestation is identified by observing
numerous flagellate parasites, with the morphology described
above, in wet mounts of the skin or gills. Zchthyobodo
can also be identified on gill surfaces in histological
sections, but wet mounts are preferred because parasites
may become dislodged from the gills during processing of
tissues, and the small flagellates are more easily identified
when they are actively motile.

Treatment. External treatments with formalin and
malachite green have been used successfully to treat
Ichthyobodo infections in fresh water'>*. Although bath
treatments with formalin have long been the treatment
of choice for Ichthyobodo, Tojo and Santamarina®!
reported that oral treatments with metronidazole, secnida-
zole, benzimidazole, or triclabendazole were each 100%
effective. This approach should be considered when bath
treatments are not practical.

Prevention. Ichthyobodo necator is ubiquitous in
freshwater, and even well water may contain the organism.
It can be prevented by incorporating ultraviolet disinfec-
tion for incoming water. As with other diseases, introduc-
tion of new fishes into a facility via disinfected eggs is a
sound policy. If this cannot be achieved, fishes should be
held in quarantine for about one month, external parasites
removed with prophylactic formalin baths, and representa-
tive samples examined before the fishes are introduced into
the main facility.

Public Health Considerations. Ichthyobodo necator
is not a human pathogen.
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Phylum Apicomplexa
Calyptospora funduli and Goussia carpelli

Coccidia are members of the phylum Apicomplexa and
possess an apical set of organelles, called the apical complex,
which facilitates invasion of host cells. Some coccidia are
hemoparasites, but the most important fish pathogens
infect solid tissues”*. Eight genera infect fishes and belong
in the families Eimeriidae, Calyptosporidae, and Cryp-
tosporidiidae. Unlike those in endotherms, many piscine
coccidians have oocyst walls of host origin, the site of infec-
tion is often extraintestinal, and the oocysts usually sporu-
late within the host. We discuss here two representatives of
the group, Cabyprospora funduli of killifishes and Goussia
carpelli of cyprinids.

Morphology. Sporulated oocysts of C. funduli
are thin-walled and measure about 25 p in diameter
(Figure 7.6). Each oocyst contains four ovoid sporocysts
measuring 10 p long by 6 p wide. The sporocysts have
approximately 15 sporopodia (Figure 7.7), projections
of the sporocyst wall that appear to support a thin mem-
branous veil that surrounds each sporocyst. There is
a thickening of the posterior end of the sporocyst and

an apical opening for sporozoite release at the anterior
end?3:24

Nomarski
phase contrast. Arrow = sporocyst with sporopodia surrounded mem-
branous veil.

Fig. 7.5 Rainbow trout gill heavily infested with Ichthyobodo necator

(arrows). Hematoxylin and eosin.
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Fig. 7.7 Scanning electron micrograph of a sporocyst of Calyptospora
funduli showing sporopodia.

Oocysts of G. carpelli are spherical, thin walled, and
measure about 13 p in diameter (Figure 7.8). Oocysts con-
tain four centrally bulging, tapered oval sporocysts meas-
uring approximately 8 p long by 5 p wide. Each sporocyst
is composed of two valves adhering along a longitudinal
suture line. Sporocysts contain two vermiform sporozoites
and a granular residuum®. Oocysts are typically sur-
rounded by ceroid or lipofuscin material of host origin,
referred to as “yellow bodies™?.

Hosts. Primary natural definitive hosts for C. funduli
are the gulf killifish, Fundulus grandis, in the Gulf of Mexico
and the mummichog, Fundulus heteroclitus, along the
Atlantic coast. Fournie and Overstreet?”” indicated that
C. funduli has broad host specificity, infecting at least seven
natural and 10 additional experimental hosts. All are
atheriniform and cyprinodontiform fishes within five
families, but most are in the genus Fundulus.

Goussia carpelli occurs in the common carp (Cyprinus
carpio), goldfish (Carassius auratus), and crucian carp,
(Carassius carassius). Many additional species of cyprinids
have also been reported to harbor infections®.

Life Cycle. Coccidians infecting fishes may have
direct or indirect life cycles. Direct life cycles are essentially
as described in Chapter 2, Biology of the Protozoa. Stein-
hagen and Kérting® demonstrated that direct infections of
Goussia carpelli could occur by fecal contamination from
fish to fish. Subsequently, Steinhagen and Korting®® con-
firmed that tubificid oligochaete worms could serve as a
paratenic host for G. carpelli, and that the sporozoites were
located in the cytoplasm of the intestinal epithelial cells
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Fig. 7.8

Wet mount of sporulated oocyst of Goussia carpelli
surrounded by “yellow body.” Nomarski phase contrast. Bar = 10 pm.

of the oligochaete. No sporozoite development was
noted, and the oligochaete was not needed to complete
the life cycle. Coccidia with indirect life cycles include
Calyptospora  funduli, which uses a palaemonid grass
shrimp intermediate host®'. Asexual multiplication occurs
in the grass shrimp, with sporozoite development occur-
ring within about five days. These are infective to
killifishes.

Pathologic Effects. Even though the liver is the pri-
mary site of infection and up to 85% of this organ can be
replaced by the parasite, the host response to Calyprospora
Sfunduli by gulf killifish is minimal (Figure 7.9). Some
inflammatory foci are seen, some oocysts are encapsulated
by connective tissue, and lipofuscin and melanin accumu-
late around some oocysts. More extensive pathologic
changes are seen in atypical hosts, such as freshwater
cyprindontids, and mortality occurs only when fish are
exposed to additional stressors, e.g., cold temperature.

Histopathologic changes in G. carpelli-infected gold-
fish include chronic enteritis with numerous sporulated
oocysts surrounded by yellow bodies in the lamina propria
of the intestine (Figure 7.10). Inflammatory and necrotic
cells are abundant in the lamina propria, and the mucosal

surface of large portions of the gut loses its villar structure?.

Clinical Disease. Healthy fish infected with Calyp-
tospora funduli exhibit no clinical signs. However, stressed
fish may become lethargic and eventually die. For example,
Fournie® showed that exposure of experimentally infected
gulf killifish to temperatures of 3°C to 4°C resulted in
mortality.
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Fig. 7.9  Calyptospora funduli. Histological section of infected killifish

liver with many sporulated oocysts. Bar=5 20 pm.

Goussia carpelli infections in goldfish cause a chronic
disease in production ponds in several localities throughout
the United States, including the southeast where the disease
is commonly referred to as the “dwindles.” Infected fish
stop feeding, become lethargic, and eventually emaciated
(Figure 7.11). Mortality rates of 50% to 75% can occur
over two to three weeks.

Diagnosis. Definitive diagnosis requires identifica-
tion of sporulated oocysts in wet mounts or histological
sections of infected tissues. A non-specific diagnosis of coc-
cidiosis can be made if other characteristic life cycle stages
are observed, but species identification depends upon
morphological features of sporulated oocysts.

Treatment. Treatment with the coccidiostat mon-
ensin significantly reduces infection burdens of Calyp-
tospora. Solangi and Overstreet*® reported a 50% to 70%
reduction in oocysts within 20 days in infected fishes
administered monensin orally. Calyptospora funduli has also
been successfully treated with either the thiamine analog
amprolium (0.63 ml/l of 2 9.6% solution given over 2 days)
in water, or the polyether antibiotic narasin (<0.005
g/moderate-sized Fundulus) in the food®. Treatment has
been most successful when initiated soon after the fishes are
infected. Chemotherapeutics in the feed have been used to
control Goussia carpelli infections in carp in Europe®, but
control of infections in goldfish with this method is mini-
mally effective because the fishes become infected almost
immediately after hatching.

Prevention. The most reliable method of preventing
infections with Calyptospora funduli is to eliminate the
palaemonid grass shrimp intermediate hosts from the
system. Prevention of Goussia carpelli coccidiosis could be
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Fig. 7.10 Histological section of the intestine of a goldfish with heavy
G. carpelli infection. Note complete loss of villar structure of gut.

accomplished by drying and disinfecting ponds between
growing seasons for both carp and goldfish.
Public Health Considerations. Coccidiosis of fishes

is not transmissible to humans.

Phylum Ciliophora
Class Oligohymenophora

Order Hymenostomatida

Ichthyophthirius multifiliis. Morphology. Ichthyophthirius
multifiliis is a holotrichous ciliate, and is the largest parasitic
protozoan that affects fishes. Adult trophonts are oval to
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round, reach up to more than 1 mm in size, are uniformly
ciliated, and possess a characteristic horseshoe-shaped
macronucleus (Figure 7.12) as well as a subapically located
buccal vestibulum with weakly developed buccal ciliary
organelles’.

Hosts. Ichthyophthirius  multifiliis is  the
important parasite affecting freshwater aquarium fishes.
The parasite is also a problem in food fishes reared in cap-
tivity, such as catfish and salmonids, and has even caused
epizootics in wild fishes”. Virtually all freshwater fishes
are susceptible. In the laboratory setting, these include
swordtails, platys, sticklebacks, and trout (when reared at
warmer temperatures). Interestingly, epizootics of disease
in zebrafish have not been reported.

Life Cycle. The life cycle of 1. multifiliis is direct, but
does include a free-living developmental stage (Figure
7.13)%. After a period of growth, large trophonts leave the
host tissues, settle on the substratum, and secrete a gelati-
nous cyst. This non-motile tomont resorbs its buccal appa-
ratus and divides successively by binary fission. One
tomont may produce from 250 to 2,000 small tomites’.
After the last division, the buccal apparatus is restored, and
the tomites break through the cyst wall and become
theronts. Susceptible fish are infected by free-swimming

most
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Fig. 7.12  Ichthyophthirius multifiliis trophozoite. Whole mount
showing nucleus. Courtesy of Bureau of Sport Fisheries and Wildlife,
U.S. Department of the Interior.

77

theronts. Theronts develop to the trophont stage under
the epithelium of the skin or gills, where they expand in
size (up to about 1 mm) and occasionally divide.

Pathologic Effects. Ichthyophthirius multifiliis is
highly pathogenic, reproduces rapidly in confined systems,
and shows broad host specificity. Because of these features,
this parasite has the potential to cause serious disease in
laboratory fishes”. Tissue irritation caused by 7. multifil-
iis results in epithelial hyperplasia and excessive secretion
of mucus on the body surfaces and gills. The epithelial ero-
sion and ulceration that result from the ciliate’s entrance
into and exit from the host are probably as damaging as its
feeding activity while on the host’. Lesions produced by
1. multifiliis may lead to secondary bacterial or fungal
microbial infections.

Clinical Disease. Ichthyophthirius multifiliis causes a
condition known as “Ich,” or “white spot disease.”
Infected fishes exhibit characteristic white spots on the
body surfaces which result from the ciliates being encysted
within the hosts epithelium (Figures 7.14 and 7.15).
Fishes with heavy infections also exhibit excessive mucus
production, labored breathing, and lethargy.

Fig. 7.13 Life cycle of Ichthyophthirius multifiliis. (A) Adult parasite
on catfish. (B) Mature trophozoite after leaving fish. (C) Division of
adult into many tomites after cyst formation. (D) Rupture of cyst-
releasing theronts which re-infect fish. Reproduced from Davis, H.S.
(1947). Used with permission.
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Diagnosis. Identification of active ciliates of varying
sizes in wet mounts of the skin or gills offers a good pre-
sumptive diagnosis. Definitive diagnosis is achieved by
observing the distinctive horseshoe-shaped macronucleus,
and by observing parasites under the epithelium of the gills
or skin.

Treatment. Considerable information is available on
control strategies for infection with L. multifiliis. The most
common treatment is an external bath with formalin’.
Usually fishes are treated with formalin at about 1:4,000 to
1:5,000 formalin for one hour. Each fish species responds
differently to formalin, and thus a few fishes should be
tested before applying the treatment to large numbers.

i i Ty
Fig. 7.14 Ichthyophthiriasis or white spot disease in a fish. Note
typical white foci on skin. Courtesy of E. Elkan, London.

Fig. 7.15 Wet mount preparation of gill showing Ichthyophthirius
multifiliis under the epithelium.
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Multiple daily treatments are necessary to eliminate the
stages under the skin, which are somewhat protected from
external baths. The entire aquarium system should also be
treated to destroy the free-living stages of the parasite.
Unfortunately, treating the entire system may be detrimen-
tal to biological filters in recirculating systems.

The life cycle of I multifiliis is affected by tempera-
ture, with warmer temperatures accelerating development.
However, temperatures above 29°C to 30°C are lethal to
theronts®. Therefore, if the host fishes can tolerate this
regimen, raising water temperatures above 29°C for several
days is an effective method for eradicating the infection. At
higher temperatures, it is particularly important that the
water is well aerated, because oxygen saturation in water is
inversely correlated with temperature; fish at higher tem-
peratures have higher oxygen demands, and the gills (and
thus gas exchange) are impaired when they are infected.
Sodium chloride may also be effective. Concentrations of
NaCl at 7 to 20 ppt have been used in pond culture’, so
this option should be considered for euryhaline (salt toler-
ant) fishes such as salmonids and sticklebacks.

Prevention. Infections may be prevented by
quarantine of new fish before introduction into a research
system. This is particularly important because of the
difficulty in eradicating free-living stages in recirculating
systems. Strong water currents in flow-through systems
will wash away free-swimming stages and thus reduce
the severity of infections. There are no commercial
vaccines against infection with 1. multifiliis, but recovered
fish are resistant. Dickerson and coworkers*'#? have
identified immobilizing ciliary antigens that can serve as a
vaccine.

Public Health Considerations. Ichthyophthirius
multifiliis is not infectious to humans.

Order Mobilida
Trichodina, Trichodinella, Tripartiella spp. Morphology.
Trichodinids are peritrichous ciliates belonging to the
family Trichodinidae. They have a saucer- to bell-shaped
body, lack stalks, are motile, and have a highly developed
adhesive disc on the aboral surface. A characteristic feature
is the skeletal ring with radially arranged denticles that are
readily apparent when viewed dorsoventrally (Figure 7.16).
The number, arrangement, and shape of the teeth on the
denticle are useful taxonomic features. These ciliates also
have a large horseshoe-shaped macronucleus located in the
endoplasm.

Hosts. These closely related ciliates infest a wide
variety of marine and freshwater fishes. Trichodinids infest
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wild, cultured, and laboratory fishes in many parts of the
world, and they occur on both freshwater and marine
fishes. Five genera occur in fishes’. The most common
genera include Trichodina, Trichodinella, and Tripartiella.
Members of the genus 7richodina can be found both on
the gills and body surface, and are the most frequently
encountered ectoparasite in marine waters. I7ichodinella
and Tripartiella are only found on fish gills’.

Life Cycle. All trichodinids have direct life cycles.
Primary reproduction is asexual via binary fission; how-
ever, sexual reproduction via complicated conjugation of
micro- and macro-conjugants does occur. Transmission is
by direct contact with the ciliates in water.

Pathologic Effects. Light infestations probably have
little pathologic effect, but heavy infestations can cause
severe damage. These ciliates are capable of considerable
tissue destruction, as evidenced by the presence of red
blood cells in food vacuoles. Species that occur principally
on the skin cause cutaneous hemorrhage, epithelial hyper-
plasia, and sloughing of the epidermis. Gill-infesting
species can cause extensive epithelial hyperplasia.

Clinical Disease. All trichodinids are opportunists,
and only cause disease in fishes debilitated by other factors.
Examples of factors precipitating disease include poor
nutrition, overcrowding, poor water quality, or other
infectious agents. Dermal lesions, including epithelial ero-
sion, loosened scales, and excess mucus production, often
result in infested fishes having a grayish sheen. In severe
infestations the fins may be frayed. Heavily infested fishes
are also anorexic, lose condition, and occasionally die.
Fishes with severe gill infestations exhibit dyspnea.

Fig. 7.16 Trichodina sp. Note radially arranged denticle ring.
Bar = 10 pm.
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Diagnosis. Trichodinids are easily identified in wet
mounts of skin scrapings or gill filaments by their charac-
teristic shape. The oral and aboral cilia and denticular ring
with radially arranged denticles are readily apparent
diagnostic features. These same features are seen in histo-
logical sections, as well as portions of the elongated
macronucleus.

Treatment. Trichodinids are easily killed with a sin-
gle application of an appropriate bath or drip treatment.
The two most frequently used chemical treatments include
copper sulfate (not in aquaria) and formalin.

Prevention. Good husbandry techniques are the
most effective means of prevention. Maintaining good
water quality in the culture systems, especially keeping
organic loads low and water flow adequate, is essential to
preventing outbreaks of trichodinosis.

Public Health Considerations. These parasites are
not infective to humans.

Class Phyllopharyngea

Chilodonella spp.

Morphology. Chilodonella spp. are holotrichous ciliates
that are typically heart-shaped, with the posterior end
broader and slightly notched (Figures 7.17% and 7.18).
They reach up to 80 p in length, and the ventral surface is
flac with parallel ciliary rows. These cilia move the parasite
in a steady gliding manner over the epithelial cells of the
skin and gills. There is a large oval macronucleus in the
posterior third of the body.

Hosts. Most Chilodonella species are free living, but
two species are pathogenic to fishes. Chilodonella piscicola
infests the skin and gills of nearly all freshwater fishes. It is
a particular problem in temperate climates at water tem-
peratures of 5°C to 10°C and may be a serious pathogen in
wintering carp. This ciliate is particularly pathogenic for
fingerlings. Chilodonella hexasticha infests older fishes and
causes epizootics at much higher water temperatures, up to
22°C, in species such as goldfish and channel catfish.
Chilodonellosis has also been reported in wild fishes in
Australia®.

Life Cycle. The life cycles of Chilodonella spp. are
direct. Reproduction is primarily by binary fission.

Pathologic Effects. Chilodonella can cause severe
damage before any gross pathological changes are evident.
As a result of feeding directly on epithelium, Chilodonella
elicits a strong cellular response. Paperna and Van As®
reported severe degeneration, necrosis, and subsequent
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Fig. 7.17  Chilodonella trophozoites. Reproduced from Hoffman, G.L.
(1999). Used with permission.

degradation of the branchial epithelium in infested cichlid
fishes. Epithelial hyperplasia was focal, or occurred in an
uneven pattern. Infestation also induced mucus and chlo-
ride cell proliferation. More extensive hyperplasia affecting
entire arches was reported by Hoffman and coworkers*
from channel catfish. Extensive hyperplasia of the lamellar
epithelium resulted in severe fusion of lamellae. All these
pathological changes in the gills drastically reduce the res-
piratory potential of the gills. Advanced infestations are
sometimes associated with skin ulcers which can result in
secondary bacterial infections.

Clinical Disease. Clinical signs of Chilodonella
infestation include respiratory distress, clamped fins, and
excessive mucus production. Heavily infested fishes exhibit
a whitish or bluish sheen on the body, and there is some-
times a tattered appearance to the skin. Gills are also red-
dened and hemorrhagic. Because signs of infestation are
less striking than white spot disease, chilodonellosis is
much more insidious.

Diagnosis. Chilodonella spp. are easily recognized in
wet mounts or histological sections. Members of this genus
are identified by their oval, flattened shape and the charac-
teristic bands of cilia on the ventral surface. The ciliate
moves with a characteristic, slow circular movement and

appears to glide.
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Fig. 7.18 Histological section of gill showing Chilodonella.

Treatment. Identification to species is not necessary
for proper treatment. A single application of formalin at
25 ppm, followed by a water change in four to eight hours,
will kill ciliates on the fishes, as well as in the water.

Prevention. The most effective means of preventing
infestation with Chilodonella spp. is to practice good hus-
bandry techniques. Care must also be exercised not to
introduce infested fishes into laboratory systems.

Public Health Considerations. Chilodonella spp. are

not infective to humans.

PHYLUM MICROSPORIDIA

Microsporidians are common, intracellular, parasites that
are related to fungi?’. They cause disease in many species
of invertebrates and vertebrates, including fishes?8:4,
We describe here three microsporidians that can be
significant pathogens in research fishes: Loma salmonae of
salmonids, Pseudoloma neurophilia of zebrafish, and
Glugea anomala of sticklebacks.

Morphology. Many genera of microsporidia infect-
ing fish form unique structures called xenomas. Infected
host cells become transformed and hypertrophied, result-
ing in this unique, often macroscopic, host cell-parasite
complex.

Hosts. Microsporidians of fish are usually host-
specific, at least to the family level. Loma salmonae infects
essentially all species of salmonids in the genus
Oncorhbynchus, including rainbow trout and Chinook and
coho salmon. Pseudoloma neurophilia is a parasite of
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zebrafish. However, morphologically indistinguishable
parasites have been detected in the brains of neon tetras
(Paracheirodon innesi) (Authors personal observations)
and swordtails (Xiphophorus helleri) (P. Takvorkian,
Rutgers University, Newark, N.J., personal communica-
tion). Glugea anomala infects the threespine stickleback,
Gasterosteus aculeatus, and the ninespine stickleback,
Pungitius pungitivs.

Life Cycle. The general life cycle of microsporidia
involves vegetative development within the host, culmi-
nating in the formation of spores. Spores are resistant to
the external environment and represent the infectious
stage. Fish-to-fish transmission by ingestion of spores or
infected tissue occurs with L. salmonae®®, P neurophilia’’,
and G. anomala®®. Loma salmonae can be easily transmit-
ted by co-habitation with infected fishes*®. Fishes exposed
to either P neurophilia or L. salmonae exhibit infections
about six to eight weeks after exposure. Glugea anomala
infections are seen about nine weeks post exposure.

Pseudoloma neurophilia is surprisingly common in
research laboratories, in spite of the widespread use of
dechlorinated city water in such facilities. It has been
suggested that transovarial transmission may be another
route of infection employed by this parasite’>?, as docu-
mented for other microsporidia®, including L. salmonae®.
Transmission to progeny by sexual products (e.g., ovarian
fluid and associated debris), in which the parasite is not
within the egg itself, has also been suggested as a mode of
transmission for L. salmonae®® and P neurophilia®'.

Pathologic Effects. Loma salmonae aftects the gills
and other vascularized tissues of salmonids reared in fresh
water. All Oncorhynchus species are apparently susceptible
to the infection, though Atlantic salmon are resistant®’.
Fish develop xenomas about four to six weeks after expo-
sure (Figures 7.19 and 7.20).

A xenoma (parasite-infected host cell) is formed when
the host cell alters its structure and size, becoming physio-
logically integrated with the parasite. The cytoplasmic
contents are replaced by the parasite, and the surface of the
host cell becomes modified for increased absorption. The
host cell becomes extremely hypertrophied, so xenomas
often appear as macroscopic, whitish cysts. Wet mount
preparations reveal oval spores, usually about 5 p long by
3 p wide, with a distinctive posterior vacuole (Figure
7.21). There is usually minimal tissue reaction toward
intact xenomas, but they can cause tissue damage because
of their enormous size®>8. The associated lesions in the
gills can become severe in salmon held in sea water’.
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TN ; 3
Fig. 7.19 Loma mlmomze xenomas arrow) in histological section of
gill from a chinook salmon. Hematoxylin and eosin stain.

Fig. 7.20 Pseudoloma neurophilia in zebrafish. (A) Sagittal section
through spinal cord and adjacent tissue. Xenomas in central nervous
system (X). Xenomas in nerve root (arrows). Inflammation (In).
(B) High magnification showing xenoma.
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Fig. 7.21

Wet mount of spores, Pseudoloma neurophilia. Bar = 10 pm.

Although the gills are the primary site of infection, para-
sites and associated lesions can occur in the heart, spleen,
kidney and pseudobranchs. Xenomas may rupture and
release spores as the infection progresses. Free spores are
found within macrophages and induce severe, chronic,
multifocal vasculitis and perivasculitis in the gills.

The primary site of infection of P neurophilia is the
central nervous system. Histological examination of mori-
bund zebrafish reveals microsporidia within multiple
xenomas in the brain and spinal cord (Figure 7.20). Xeno-
mas are commonly observed in axon-rich regions of the
ventral spinal cord and the peripheral ventral roots project-
ing into the surrounding somatic muscle. Xenomas are
also occasionally observed in the medial longitudinal fasci-
culus. Inflammation in the central nervous system is
usually minimal and only occasionally seen surrounding
xenomas or when dispersed spores are present in the cen-
tral nervous system. In histological sections of heavily
infected fishes, an associated tissue reaction extends
through the meninges and into the skeletal muscle associ-
ated with the adjacent vertebrae. Emaciated fishes have a
characteristic massive chronic inflammation of the skeletal
muscle, in which free spores are found within phagocytes.

Glugea anomala forms massive xenomas, replete with
spores in the skin, behind the eye and in other organs.
Dykovd and Lom®! described the sequential development
and tissue reaction to spores. Typical of xenomas, there is ini-
tially very little tissue reaction to intact xenomas. Eventually,
a prominent, chronic inflammation is associated with fully-
formed or ruptured xenomas.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Fig. 7.22  Pseudoloma neurophilia. Heavily infected fish are often ema-
ciated and lethargic, and may show curvature of the spine. (A) Emaci-
ated fish. (B) Emaciated fish with scoliosis.

Clinical Disease. Fishes mildly affected with
L. salmonae may appear normal, but those with severely
damaged gills may exhibit respiratory distress and become
lethargic. Zebrafish heavily infected with P neurophilia are
often emaciated, or may be scoliotic (Figure 7.22). This con-
dition is referred to as “skinny disease,” and is one of the
most prevalent clinical changes seen in zebrafish maintained
in research facilities. Glugea anomala infections result in the
formation of large xenomas, which are macroscopically
visible on the skin (Figure 7.23). Heavily infected fish
become emaciated and die.

Diagnosis. Microsporidia may be diagnosed by find-
ing the characteristic spores in wet mounts or histological
sections. Microsporidian spores are birefringent, oval,
and usually have a prominent refractile vacuole. Most
microsporidian spores of fish are about 3 p long by 5 p wide.
Weber and coworkers®? reviewed diagnostic methods for
microsporidia. Spores are Gram positive in tissue smears or
histological sections. Larger xenomas are easily seen with
the naked eye or dissecting microscope (Figure 7.24),
while smaller xenomas require histologic examination.
Histology is also useful for demonstrating free spores
within inflammatory lesions, and acid-fast stains may be
used to enhance their detection. Xenomas caused by
microsporidial infection must be differentiated from
lesions caused by Ichihyophthirius multifiliis.
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Fig. 7.23  Glugea anomala infection in a stickleback. Note subcuta-
neous cysts. Reproduced from Reichenbach-Klinke, H. and Elkan, E.
(1965). Used with permission.

Fig. 7.24 Loma salmonae. Multiple xenomas (arrows) in the gill
lameallae of chinook salmon.

Fluorescent stains (e.g., Fungi-Fluor, Polysciences,
Warrington, PA) bind nonspecifically to 8 -linked polysac-
charides found in cells containing chitin. Because chitin
occurs in spore walls of microsporidia, these stains are
excellent for demonstrating spores in either tissue smears
or histological sections®. Weber and coworkers®? described
a related stain, Calcofluor, and other staining techniques
for the identification of microsporidia.

Polymerase chain reaction (PCR)-based diagnostic
tests have been developed for several microsporidia®. Such
tests may be useful for screening fishes for subclinical
infections before introducing them into research facilities.

Prevention. Spores of L. salmonae can survive iodine
treatment at 100 ppm for 15 minutes, a dose typically
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used for disinfecting salmonid eggs after spawning. There-
fore, the infection could enter a laboratory with infected or
contaminated eggs or fry. Zebrafish eggs are usually disin-
fected with chlorine at 25 to 50 ppm. It has not been
determined whether this will effectively eliminate spores of
P neurophilia. Moreover, eggs filled with spores of
Pseudoloma have been observed by the authors. Spores
within intact eggs could be protected from chlorine, even
if this concentration is normally effective for killing free
spores. It is recommended that all nonviable, unfertilized
eggs be removed prior to bleaching.

Infected fishes should not be used for brood stock
because vertical transmission of microsporidia may occur.
Sensitive and specific PCR tests>>% are useful for screening
fishes for subclinical infections. Because microsporidia are
transmitted directly from fish to fish in aquaria, a good
general practice is to remove fishes with obvious infections
(xenomas for sticklebacks, emaciation for zebrafish) as
soon as possible to prevent cannibalism and further trans-
mission. Incorporation of ultraviolet sterilization units in
recirculating systems will likely reduce infections. The
ultraviolet dose required for a 3-log'® or 99.9% reduction
in the number of infective spores of Encephalitozoon
intestinalis was determined to be 8.43 mW s/cm®.

Treatment. Several drugs have been used experimen-
tally to treat microsporidian infections in fishes. Fumagillin,
an antimicrobial agent developed for treating Nosema
apis infections in honey bees, is the most widely used drug for
treating microsporidiosis in fishes®, including L. salmonae®.
Based on multiple reports, 3 to 10 mg fumagillin/kg fish/day
is recommended for salmonids. Higher concentrations or
prolonged treatment (e.g., 30 to 60 days) may cause
anorexia, poor growth, anemia, renal tubule degeneration,
and atrophy of hematopoietic tissues in salmonids. Fumag-
illin is heat labile; therefore, it is recommended that the feed
be coated with the drug after processing, instead of incorpo-
rating it into the feed during milling. The drug is poorly sol-
uble in water but is highly soluble in alcohol. In most studies,
fumagillin was mixed with alcohol, sprayed on the feed, and
then the feed was coated with oil.

Others have evaluated alternative therapies. Becker and
coworkers® found that monensin was an effective prophy-
lactic treatment; Speare and coworkers®” reported that alben-
dazole may be useful for treating the infection, and it has
been reported that quinine hydrochloride delays xenoma for-
mation®. The systemic triazinone, toltrazuril (Bayer AG),
has been evaluated against G. anomala infections in stickle-
back®7°. Bath exposure of the drug caused destruction of all
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life stages of the parasite, but the overall effects of this drug
for reducing prevalence or intensity of microsporidian infec-
tion in fishes have not been reported.

Public Health Considerations. Opportunistic micro-
sporidial infections in humans are now a major concern
with immune-compromised individuals. However, none
of these infections have been linked to fish microsporidia.

PHYLUM MYXOZOA

Members of the phylum Myxozoa cause some of the most
common and important parasitic diseases of fishes™4871.72,
Hundreds of species have been described. Traditionally, the
Myxozoa have been classified with the Protozoa. However,
analysis of small subunit ribosomal DNA revealed that the
Myxozoa belong within the kingdom Animalia’3. Siddall’4
and others subsequently reported that, based on ribosomal
DNA sequence and morphological features, the Myxozoa
are most closely related to the Cnidaria. Affinities of the
Myxozoa with the Cnidaria have been suggested for many
years, particularly due to similarities of polar capsules with
nematocysts. However, more recent data indicate that,
although they are certainly primitive metazoans, they are
not directly related to cnidarians”.

Typically, myxosporeans are non-pathogenic. Histozoic
species usually form small, well-defined, white cysts with lit-
tle associated tissue damage. However, when numerous cysts
occur in vital organs, such as the gills or heart, they can cause
disease. Heavy infections of histozoic myxosporeans in the
flesh may lower the market value of the affected fishes. Patho-
genic histozoic species generally cause more diffuse infections
without macroscopically visible cysts. Some myxozoans are
very important causes of disease in wild and cultured fishes.
They appear to be less problematic in confined research facil-
ities, probably due to their requirement for an annelid worm
(Tubifex tubifex) to complete their life cycle’.

Many myxozoan diseases have been described from
salmonids® and cyprinids, such as carp and goldfish”®.
Representative myxozoans described here include: Zetracap-
suloides bryosalmonae, the PKX myxozoan of salmonids;
Myxobolus cerebralis, the cause of “whirling disease” in
salmonids; Henneguya salminicola from salmonids, an
example of a histozoic species that causes macroscopic cyst-
like structures; Sphaerospora spp. and Hofferellus spp., com-
mon pathogens of carp and goldfish; and Myxidium sp.
from zebrafish.

Morphology. Myxozoans are characterized by the
presence of multicellular spores (Figures 7.25 and 7.26).
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Spores have two or more rigid valves, polar capsules with
an internal coiled polar filament, and a sporoplasm
(the infectious stage of the parasite for the invertebrate
host). Spores develop within large, multicellular plasmodia
comprised of vegetative nuclei and generative cells.

Hosts. Natural infections of fishes with Zetracapsuloides
bryosalmonae, also known as the PKX agent, have been
reported in rainbow trout and steelhead, Oncorhynchus
mykiss; cutthroat trout, O. clarki; chinook salmon, O.
tshawytscha; coho salmon, O. kisutch; Atlantic salmon, Salmo
salar; brown trout, S. trutta; arctic char, Salvelinus alpinus;
grayling, Thymallus thymallus; and pike, Esox lucius.
Infections have been observed in captive and free-living
populations. Kokanee salmon, O. nerka, and chum salmon,
O. keta, have been experimentally infected. The rainbow

Fig.7.25 Some myxozoans of fishes (spores). (A) Myxobolus. (B) Hen-
neguya. (C) Unicauda. (D) Hoferellus. Reproduced from Hoffman, G.L.
(1999). Used with permission.
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trout is the primary host for this parasite. Essentially all
members of the genus Oncorhynchus (Pacific salmon species)
are susceptible; whereas the brown trout is considered a reser-
voir, and is more resistant to developing disease’”’8. Numer-
ous Sphaerospora spp. infect cyprinid fishes. Carp and
goldfish are hosts for S. renicola and S. molnari, both of
which are pathogenic. Two species of Hoferellus cause renal
diseases in carp and goldfish:H. cyprini in carp and H. carassii
in goldfish.

Life Cycle. The most complete information on the
life cycle of a myxozoan is based on Myxobolus cere-
bralis”®°. The following is a description of a typical fresh-
water myxozoan life cycle. Multicellular myxospores are
released from infected fish following death, or are dis-
charged in body fluids. Oligochaetes (annelid worms),
such as Tubifex rubifex, ingest the myxospores and serve as
alternate hosts. In the oligochaete alternate host, asexual
reproduction is followed by sporogony, resulting in the
formation of actinospores. Actinospores are released from
the oligochaete, and upon contacting the surface epithe-
lium of a fish, release sporoplasms which penetrate the skin
of the fish. Shortly thereafter, clusters of dividing
myxosporean cells are found, sometimes intracelluarly,
within the epithelium. The parasite then migrates to
its final target tissue, where development continues.
With M. cerebralis, the extrasporogonic (vegetative) forms

Fig. 7.26
phase interference. Note: polar capsule with coiled polar filaments.
Courtesy of S. Desser.

Wet mount preparation of Myxobolus sp. spores. Nomarksi
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migrate to the cartilage via peripheral nerves. These
extrasporogonic forms continue to divide during migra-
tion to the target tissue. Some species (e.g., Sphaerospora
spp. and 17 bryosalmonae) exhibit prominent extrasporo-
gonic multiplication in the circulatory system or vascular
organs. The presporogonic organism becomes a multi-
nucleated plasmodium containing free nuclei and internal
generative cells. Sporogenesis is usually initiated by fusion
of generative cells. The sporoblast divides and differenti-
ates into the components of the spores.

Pathologic Effects. Terracapsuloides  byrosalmonae
causes proliferative kidney disease (PKD) in salmonids.
Histopathologic examination shows the kidney intersti-
tium to be the primary site of infection, where
1. byrosalmonae evokes a chronic interstitial nephritis.
Coalescing whorls of inflammatory cells, primarily
macrophages, surround the parasites (Figure 7.27). Para-
sites also infect blood vessels, where they adhere to vessel
walls, occlude vessels, and evoke a necrotizing vasculitis.
Well-vascularized extra-renal organs (e.g., gills, liver,
spleen, and pancreas) also are infected and exhibit histo-
logic changes similar to those found in the kidney.

Myxobolus cerebralis primarily infects bone and carti-
lage, resulting in necrosis and replacement of bone and
cartilage with chronic inflammation.

Henneguya salminicola is typical of myxozoans which
form large, whitish macroscopic cyst-like structures
(plasmodia) in tissues. In general, there is minimal tissue
reaction to intact plasmodia. Pathological changes are
usually limited, unless infections are heavy, or when the
parasite disrupts the function of vital organs.

Fig. 7.27 Tetracapsuloides bryosalmonae extrasporogonic forms
(trophozoites) in the renal interstitium of a rainbow trout. In = inflam-
matory cell surrounding parasites. Arrow = primary cell nucleus, D =
internal daughter cell.
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Numerous pathogenic Sphaerospora species have been
described from carp and goldfish*®7°. Sphaerospora renicola
infects the renal tubules, where it causes atrophy and
necrosis. Granulomas replace degenerated tubules. A more
serious phase of the infection occurs in the swim bladder.
Extrasporogonic stages proliferate in blood and in the
swim bladder, and cause severe, chronic inflammation in
the latter?®!. The swim bladder wall is thickened and hem-
orrhagic. Infections of the gill and skin by S. molnari may
cause severe epithelial hyperplasia (Figure 7.28).

Two species of Hoferellus cause renal disease in carp and
goldfish: H. carassii in goldfish and H. cyprini in carp. Hofer-
ellus carassii causes “goldfish bloater disease” in the U.S.®
and Japan®. Hoferellus carassii induces unusual histopatho-
logic changes, where prespore stages infect the epithelium of
renal tubules and cause massive cystic transformation of
renal tubules (Figure 7.29). In H. ¢yprini infection, numer-
ous trophozoites fill the renal epithelium and renal tubules
of carp. This causes hyperplasia and syncytia formation,
occluding the lumen of tubules®>#*. Altered tubules may be
replaced by chronic inflammation and fibroplasia®.

An unidentified Myxidium species is usually confined
to the lumen of the kidney tubules or collecting ducts of
zebrafish, and is not associated with pathological changes.
However, we have found kidney granulomas containing
spores.

.

Fig. 7.28  Sphaerospora molnari spores (arrow) associated with prominent

epithelial hyperplasia in histological sections of goldfish gills. Giemsa stain.
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Clinical Disease. Myxozoan diseases in research fish
are almost always due to pre-existing infections, especially if
fish were previously reared in ponds (e.g., goldfish, carp),
hatcheries (e.g., trout), or captured in the wild (e.g., stickle-
backs). Infections can be initiated within a facility by intro-
duction of oligochaete worms, perhaps accidentally
with fish, snails, or aquatic plants. Oligochaete worms
(e.g., 1T tubifex or Lumbriculus variegatus) are often used as
fish food, and this may also be a source of infection®¥’.
Once introduced, the worms can establish and replicate
efficiently in aquarium gravel or in filters.

Fish infected with 7 bryosalmonae are often lethargic
and dark. They exhibit exophthalmos, lateral body
swelling, and a distended abdomen. Gills are pale due to
anemia. Fish infected with M. cerebralis exhibit spiral
swimming, usually along a horizontal plane. Other
changes include cranial deformities, scoliosis, lordosis, and
darkening at the posterior region of the body (“black tail
syndrome”). Fish infected with H. salminicola appear clini-
cally normal. Large, whitish cysts are found in the muscle
(Figure 7.30). Carp infected with S. renicola show swim-
ming disorders and may swim in circles. Mortality in over
wintering carp may reach 15%. Sphaerospora molnari
causes respiratory distress due to gill damage and epithelial
hyperplasia which reduces the respiratory surface. Infec-
tions have been associated with high mortality. Goldfish
infected with H. carassii infections exhibit swollen
abdomens (occasionally unilateral) due to greatly enlarged

MW
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Fig. 7.29 Hofferellus carassii. Kidney imprint showing spore. Polar
capsule (arrow). Giemsa stain.
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Fig. 7.30  Henneguya salminicola in sockeye salmon, characterized by
whitish, oval cysts in the somatic muscle.

kidneys. Carp with H. cyprini show little clinical disease’.
Zebrafish infected with Myxidium spp. are asymptomatic.

Diagnosis. Myxozoan infections are diagnosed by
histology, tissue imprints, or wet mount preparations. In
most cases, detection of the spore stage is essential for
diagnosis. Wet mounts are most appropriate for precise
observation of spore morphology (Figure 7.26), which is
necessary for identification of species. Histology is useful
for demonstrating organ locations, associated pathologi-
cal changes, and for visualization of presporogonic stages.
There are few spores in fish with 7. byrosalmonae or
Hoferellus spp. infections (Figure 7.29), and only pre-
sporogonic stages of S. renicola are found in the swim
bladders of carp with associated inflammation. Tissue
digest methods have been traditionally used to detect
spores of M. cerebralis®®. PCR tests have been developed
for several myxozoans, including M. cerebralis®® and
1. byrosalmonae®®.

Treatment. Fumagillin is the most common drug
used for treating myxozoan diseases of fishes’'. Fumagillin
has been used to treat fish infected with S. renicola®%* and
1. byrosalmonae’®*3, but has been less successful in treating
tissue myxozoans such as M. cerebralis. Based on several
reports, the recommended dosage for treating salmonids is
3 to 10 mg fumagillin/kg fish/day. Higher concentrations
or prolonged treatment (e.g., 30 to 60 days) may cause
anorexia, poor growth, anemia, renal tubule degeneration,
and atrophy of hematopoietic tissues in salmonids”.
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Prevention. Oligochaete worms (e.g., black worms,
red worms) are commonly used as live food for orna-
mental fishes, and are sold through the pet fish industry.
Lowers and Bartholomew®” reported the presence of vari-
ous actinosporeans in these worms, so this is a potential
source of myxozoan infections. Moreover, oligochaete
worms are ubiquitous in the aquatic environment and can
easily establish themselves in aquarium systems, and
thus provide a constant reservoir for these infections.
Ultraviolet light and ozonation are effective for killing
actinosporeans in water”>?°. Myxospores are extremely
resistant to disinfectants. For example, the myxospores
of M. cerebralis require 1,600 ppm chlorine for 24 hours,
or 5,000 ppm for 10 minutes, for effective killing of

spores”’.

Public Health Considerations. The Myxozoa are
not considered human pathogens.

PHYLUM PLATYHELMINTHES

Helminths of laboratory fishes include trematodes, ces-
todes, acanthocephalans, and nematodes. The majority of
helminths are of little concern in fishes held in aquaria or
other systems with controlled water sources. Usually, these
helminths do not proliferate in these aquatic systems
because most have indirect life cycles that require interme-
diate hosts. Indirect life cycles are easily disrupted by elim-
ination of intermediate hosts. Wild-caught fish may
occasionally arrive with such heavy infections that they
may still cause disease, even if the parasites cannot repro-
duce or maintain their life cycle. However, some
helminths, such as monogeneans, and certain capillarid
nematodes have direct life cycles and thus are capable of
causing disease in research systems.

Monogenea

Morphology. Monogenes are small parasitic flatworms.
Two types of monogeneans may be identified based
upon opisthaptor morphology. In the more common
Monopisthocotylea, there is a single attachment organ with
several large, centrally located, sclerotized anchors, and
small marginal hooklets. In the Polyopisthocotylea, the
opisthaptor consists of a group of small, muscular, adhesive
suckers or clamps that are supported by cuticular sclerites.
Two of the most common families of monopisthocotylid
monogeneans infesting fishes are the Gyrodactylidae and
Dactylogyridae. Gyrodactylids are small (1 mm or less),

and are found on the skin and gills of freshwater and
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marine fishes (Figures 7.31 and 7.32). The opisthaptor is
membranous with one pair of anchors, two transverse bars,
and 16 marginal hooks. The developing young can be seen
within the uterus. Dactylogyrids are also small (up to
2 mm) and are found on the gill filaments. The opisthaptor
is membranous with one to two pairs of anchors, zero to
three transverse bars, and 14 to 16 marginal hooks. The
prohaptor has four prominent eyespots.

Hosts. Monogenes are common parasites of both
marine and freshwater fish”®, and are of great economic
importance as pathogens of captive fishes. Gyrodactylus
causes disease in a variety of captive fish species, including
goldfish, guppies, salmonids, sticklebacks, and others”.
Gyrodactylus is also a continual problem in mummichogs
maintained in laboratory holding facilities. Dactylogyrus
occurs on the gills of goldfish, carp, gulf killifish, sheepshead
minnows, and other species. There are numerous species of
Gyrodactylus and Dactylogyrus, and most are host-specific'®.
For example, D. vastator, D. anchoratus, and G. gurleyi infect
goldfish and carp, whereas G. elegans infects sticklebacks.
These parasites are not usually identified to the species level
when they cause disease, because the diseases that they cause
and treatments for them are essentially the same.

Life Cycle. Members of both families have direct life
cycles. Dactylogyrids are oviparous. Eggs settle to the

Fig. 7.31 Gyrodactylus adult. Note the absence of eye spots and pres-
ence of embryo or larva. Reproduced from Hoffman, G.L. (1999).
Used with permission.
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bottom to develop. With hatching, eggs release free-
swimming, infective, oncomiracidia, which seek out and
attach to a new host. In contrast, gyrodactylids are vivipa-
rous. The young are retained in the uterus until they
develop into functional subadults, and usually remain with
the host on which they developed. Transmission of both
families is greatly enhanced by overcrowding.

Pathologic Effects. Heavy gill infestations cause
epithelial hyperplasia, destruction of gill epithelium, club-
bing of gill filaments, and hypersecretion of mucus, result-
ing in death by asphyxiation. Heavy skin infestations can
cause body and fin necrosis. Histologically, fins of infested
trout have epidermal hyperplasia with zones of degenera-
tion and necrosis”. High mortality is common in the
crowded situations of aquaria, raceways, and fish culture
ponds.

Clinical Disease. Captive fishes are often infested
with heavy burdens of monogeneans, and frequently expe-
rience severe disease due to these infestations. Monoge-
neans feed on mucus, epithelium, and blood. Heavy
infestations usually indicate poor sanitation, deteriorating
water quality, or inadequate water flows. Clinical signs of
dactylogyrid infestations include rapid respiratory move-
ments, clamped fins, and flashing. Fish may become

o .',_.;'.;
SO

Fig. 7.32 Wet mount of Gyrodactylus sp. from a goldfish.
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lethargic, swim near the surface, and refuse food. Heavy
infestation with gyrodactylid skin flukes (Figure 7.33)
results in white to grey-white areas of thick mucus on the
body surface, localized hemorrhagic areas, and ragged-
appearing fins. In both cases, infested fishes can be seen
rubbing or scratching against the bottom or sides of the
holding tank.

Diagnosis. Diagnosis of monogenean infestation is
based on clinical signs, and is confirmed by identification
of parasites in wet mounts or histological sections of skin
or gills. In both cases, the characteristic morphological fea-
tures are easily discernible, particularly the haptoral
anchors and hooks.

Treatment. Designing an effective treatment depends
on whether the monogenean is viviparous or oviparous,
because the eggs of some monogeneans resist treatment,
and thus several drug applications may be required for ade-
quate control. Treatment with the organophosphate
trichlorfon, at 0.25 mg/L, as a bath is very effective. Prazi-
quantel baths (20 mg/L seawater for 2 hours), adminis-
tered 48 hours apart, removed all skin and gill parasites
from the yellow stripey Lutjanus carponotatus. Formalin is
also an effective parasiticide for bath treatment of mono-
geneans. Treatment with 125 to 250 ppm formalin for
up to 60 minutes eliminates infestations.

Prevention. Monogenean infestations are best
prevented by not introducing wild-caught or hatchery-reared

Fig. 7.33 Goldfish with heavy Gyrodacytlus infestation. Courtesy of
G.L. Hoffman.
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fishes or invertebrates into laboratory systems. Providing a
rapid, continuous flow of water through systems will also
aid in preventing heavy infestations. Because of their
reproductive cycle, the offspring of viviparous monoge-
neans remain on the same host, so transmission can occur
via fish-to-fish contact. Preventing overcrowding may
reduce transmission by contact.

Public Health Considerations. Monogenean trema-
todes are not zoonotic.

Cestoidea

Cestodes are uncommon in cultured fishes because they
have a complex life cycle that requires one or two inter-
mediate hosts. Fishes can act as either intermediate or defin-
itive hosts for several tapeworms. In the former, infections
occur in extraintestinal sites, and, when massive, can cause
disease. Adult tapeworms usually infect the lumen of the
gut, and heavy infections may result in poor food conver-
sation or, occasionally, obstruction of the intestinal tract.

Bothriocephalus Acheilognathi

Morphology. Bothriocephalus — acheilognathi (Syn.
B. gowkongensis) is a pseudophyllidean tapeworm known
as the “Asian tapeworm.” Adult worms are whitish, seg-
mented, and may reach 50 cm. The scolex is flattened with
two bothria, and the posterior is wider than the first few
segments, even when contracted'?’.

Hosts and Life Cycle. Bothriocephalus acheilognathi
has an unusually wide host range. All fishes in the family
Cyprinidae, with the exception of goldfish, are susceptible
hosts'!. This parasite has also been found in fishes of other
families, including live bearers, killifishes, channel catfish,
and perches. The life cycle is typical of pseudophyllidean
tapeworms, and is described in Chapter 4, Biology of Ces-
todes. Adult worms mature in the anterior intestine!%2.

Pathologic Effects and Clinical Disease. The intes-
tinal tract may be chronically inflamed, greatly enlarged,
stretched, and flaccid!®!. Heavy infections may cause
blockage of the gastrointestinal tract, intestinal perfora-
tion, and destruction of the intestinal mucosa!®?. Bothrio-
cephalus acheilognathi is one of the most serious cestodes of
fishes. Infections may cause reduced growth, emaciation,
suppressed swimming ability, “dropsy,” and ultimately
death 01,104,105

Diagnosis. Intestinal cestodiasis is diagnosed from wet
mounts of fecal contents, or by finding adult tapeworms in
the intestinal tract. Speciation requires examination of the
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scolex and organization of the reproductive structures.
Bothriocephalus may be distinguished from similar tapeworms
because it lacks a neck and median and dorsal furrows, and
has a scolex wider than the first few segments, even when con-
tracted'”".

Treatment. Others have reviewed feed additive treat-
ments that have been used successfully for treatment of
infection with B. acheilognathi. These include Lintex
(50 mg drug/kg fish); mebendazole at 100 mg drug/kg
fish/day'%; praziquantel at 30, 50, and 70 mg drug/kg
fish; mebendazole at 10, 30, and 50 mg drug/kg fish; and
nitroscanate at 2.0, 4.0, 6.0 mg drug/kg fish1%, Of these,
praziquantel was most effective.

Prevention. The most effective means to prevent
Bothriocephalus infections in laboratory-held fishes is to
eliminate copepod intermediate hosts from the system.

Public Health Considerations. Bothriocephalus
acheilognarhi is not infective to humans.

Schistocephalus Solidus

Morphology. Plerocercoid larvae are white and range from
20 to 76 mm long by about 6 mm wide. The cestode has a
triangular scolex with shallow bothria and weakly muscular
sucking grooves on the dorsal and ventral surfaces.

Hosts and Life Cycle. Fish-eating birds are the
definitive hosts of S. solidus. Sticklebacks and other fishes
in North America, Europe, and Asia serve as second inter-
mediate hosts. The life cycle is typical of pseudophyllidean
tapeworms, and is described in Chapter 4, Biology of
Cestodes. Plerocercoid larvae are found in the abdominal
cavity of infected fish.

Pathologic Effects and Clinical Disease. Heavy infec-
tions are pathogenic in fish. The plerocercoid larvae fill the
abdominal cavity, causing compression of the visceral organs
and obliteration of the gonads. Infected fish may develop
severe abdominal distension, become sluggish, inhabit shal-
lower water, and become more susceptible to predation!?”.

Diagnosis, Treatment, and Prevention. Presumptive
diagnosis is based on clinical signs and is confirmed by
identification of the segmented plerocercoid larvae in the
abdominal cavity. Treatments described for Bothriocephalus
acheilognarhi would likely also be effective against
S. solidus. The most effective means to prevent S. solidus
infections in laboratory-held sticklebacks is to eliminate
copepod intermediate hosts from the system.

Public Health Considerations. Schistocephalus
solidus is not infectious to humans.
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PHYLUM NEMATODA

Nematodes are commonly recognized as important
pathogens in aquaculture'®?. Only a few are considered
significant  fish pathogens in research environments
because most require intermediate hosts to complete their
life cycles. Among the most significant are the capillarids,
members of the superfamily Trichuroidea.

Capillarids infect all classes of vertebrates, and are
often pathogenic due to their invasive nature' 1%, Capil-
laria prerophylii has been recognized for many years as a
common pathogen of captive angelfish and discus fish, and
Capillostrongyloides ancistri is highly pathogenic to the
bushymouth catfish, Ancistrus dolichopterus''®. However,
the most important capillarid of laboratory fishes is
Pseudocapillaria tomentosa =113

Pseudocapillaria Tomentosa

Morphology. Females of Pseudocapillaria tomentosa are
long, thin, white worms ranging from 7 to 12 mm long.
Gravid worms are replete with the distinctive eggs bearing
bipolar plugs. These characteristic eggs are easily visualized
in wet mount preparations of the gut. Males are smaller,
about 4 to 7 mm in length (Figure 7.34).

Hosts. Pseudocapillaria tomentosa has a broad host
range, infecting many species of cyprinids. Fishes in the
orders Anguilliformes (eels), Gadiformes (cod fish),
Salmoniformes (salmon), and Siluriformes (catfish) are
also susceptible!®.

Fig. 7.34 Adult female Pseudocapillaria tomentosa from a zebrafish.
Insert shows typical eggs with bipolar plugs.
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Life Cycle. Lomankin and Trofimeno!!* showed that
oligochaetes (e.g., Tubifex tubifex) can serve as paratenic hosts
for P tomentosa in laboratory transmission studies. They and
others have demonstrated direct transmission in the absence
of worms'!. The latter observation explains why P tomentosa
can easily spread in zebrafish research facilities.

Pathologic Effects and Clinical Disease. Necropsy may
reveal liver enlargement and anemia. Histological sections
reveal the worms within the gut wall. Lesions include
severe, diffuse cellulitis of the infected region, occasionally
extending throughout the visceral cavity. The infection also
seems to predispose fish to intestinal neoplasms!!2. Heavily
infected fish are often dark, emaciated, and lethargic.

Diagnosis. Diagnosis is by observing the worms in
wet mount preparations or histological sections of the
intestine. Identification of capillarid nematodes is facili-
tated by the presences of eggs with distinctive, bi-polar
plugs. Precise identification to the species level requires
careful examination of the male sexual organs, which are
rather diminutive in Pseudocapillaria spp. To date, the only
nematode infection identified by the authors in zebrafish
from research facilities is 2 tomentosa.

Treatment. Ivermectin has been used for treating
nematode infections in fishes'”®, and may be useful for
treating those infected with P romentosa. However, iver-
mectin has not been tested in zebrafish, and there appears
to be great variability in the tolerance of the drug between
closely related fish species!!®!17.

Oral or bath treatments with levamisole and fenben-
dazole have also been used to treat nematode infections in
fishes’, but Hoffman''® found that levamisole was not
effective for treating capillarid infections in golden shiners.
Brood stock zebrafish treated with levamisole have become
sterile (D. Weaver, Scientific Hatcheries, Huntington
Beach, California, personal communication). Pack and
coworkers!!? reported that a mixture of trichlorfon and
mebendazole (“Fluke-Tabs”, Aquarium Products, Glen
Burnie, MD) added to water eliminated the infection and
resulted in weight gain in treated fish.

Prevention. Oligochaete worms may be a source of
the infection, and thus should be avoided as food, particu-
larly if their source is unknown. Direct transmission occurs
between fish. The infection can spread within a population
if not controlled. If fish are not highly valuable, the most
appropriate choice would be to eliminate the infected pop-
ulation. At present, the infection is not widespread in
research facilities, perhaps due to bleaching of fish eggs and
quarantine procedures.
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Public Health Considerations. Pseudocapillaria tomen-
tosa does not infect humans, but freshwater fishes are an
intermediate host for another capillarid (Capillaria philip-
pinensis) that can be lethal to humans. It should be noted
that fishes serve as intermediate or paratenic hosts for other
nematodes that are pathogenic to humans. Eustrongylides
in freshwater fishes and anisakine nematodes (Anisakis,
Psuedoterranova) in marine fishes are examples. Humans
should avoid eating raw fish that has not been previously
frozen, particularly from fishes captured in the wild.

PHYLUM ARTHROPODA

Branchiurans (e.g., Argulus spp.) and copepods are crus-
taceans that parasitize both marine and freshwater fishes.
The parasitic stages of these crustaceans are so morpholog-
ically specialized that they are often unrecognizable as
arthropods. Some cause serious problems in captive fishes
because of the pathological changes caused by their spe-
cialized feeding behavior. A few species are problems in
research facilities and are discussed below.

Argulus spp.

Morphology. Branchiurans possess a flat, oval, dorsal shield
which covers the majority of the appendages (Figure 7.35).
Branchiurans are dorsoventrally flattened and thus adhere
closely to the host’s surface. Adults reach up to 12 mm in

Fig. 7.35 Argulus from black bass. Courtesy of W.A. Rogers, South-

eastern Cooperative Fish Disease Project, Auburn University.
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length. Argulus, also known as the “fish louse,” is the most
widespread genus of this group. Argulus spp. possess com-
pound eyes, a suctorial proboscis, two anterior-ventral
prominent sucking discs that serve as attachment organs,
four pairs of thoracic swimming legs, and a laterally
expanded carapace that forms respiratory alae' .

Hosts. Argulus spp. infest a wide range of both fresh-
water and marine fishes. Among captive laboratory fishes,
the goldfish and carp are common freshwater hosts, and
the sheepshead minnow, gulf killifish, and mummichog
are common marine hosts.

Life Cycle. Mature female branchiurans leave their
hosts to deposit eggs on vegetation or other objects. Eggs
usually hatch and develop into juveniles within 10 to 50
days'?°. Juveniles range from 1 to 3 mm and look like
adults without suckers. The juveniles must attach to a suit-
able host within two to three days or they will die. After
attachment, they mature to the adult stage in about 30
days. Adults can survive without a host for several days.

Pathologic Effects. Areas of attachment of Argulus
adults may leave abrasions on the skin from penetration of
the stylet feeding organ. During feeding, the parasites are
believed to elaborate toxic substances which are responsi-
ble for the severe local reaction®. The local mechanical
injury results in hemorrhagic wounds that can serve as sites
for secondary infections. The skin of infested fishes may
also become erythemic, and excess mucus may be secreted.
Heavy infestations can cause mass mortalities, especially of
young fishes.

Clinical Disease. Argulus spp. can be seen moving
around on the body surfaces of fishes. Slight to moderate
infestations of argulids will cause fishes to rub against the
sides and bottom of the aquarium or pond in an attempt
to dislodge the irritating parasites. Heavy infestations may
cause fishes to become lethargic, seek the sides of the
aquarium or pond, and have difficulty maintaining equi-
librium.

Diagnosis. The larger branchiuran crustaceans are
easily recognizable grossly. Wet mounts of the skin or buc-
cal cavity may be necessary for identification of smaller
specimens. Diagnosis is easily made by identification of
the distinctive features, including the flattened dorsal
shield, the cuplike suckers, and the compound eyes.

Treatment. Small numbers of parasites can be
removed with forceps, but this does not eliminate parasites
in the environment. Two applications at weekly intervals
of Masoten (0.25 mg/l) added to the water is reported to
be effective at removing all life stages.
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Prevention. Specific management practices may
reduce or eliminate argulids. For example, increased water
flow through ponds or enclosed systems may wash early
parasite stages away before they can find a host. Removal
of suitable habitat for egg-laying females may further
reduce populations. Draining and drying ponds will
destroy all stages of these parasitic crustaceans. We have
seen several outbreaks of Argulus spp. on wild-caught
sheepshead minnows held in flow-through aquaria. This
infection could be prevented by using tank-reared
sheepshead minnows, which are available from commer-
cial suppliers, or by prophylactic treatment of wild-caught
fish with formalin baths.

Public Health Considerations. Argulus spp. are not

transmissible to humans.

Lernaea spp.

Morphology. Lernaea spp. (Copepoda) are commonly
referred to as “anchor worms.” Adult anchor worms are
about 7 to 25 mm long, with the anterior end embedded
under the skin of the fish (Figure 7.36). Two elongated egg
sacs are seen at the posterior of the parasite. Careful dissec-
tion of the parasite from the skin reveals the anchor-like
attachment structure. Copepodids can be easily visualized
with a dissecting microscope. They are dark, actively mov-
ing, and resemble typical free-living copepods.

Hosts. Lernaea cyprinacea infests a wide variety of
cyprinid fishes, and has also been found on fishes of other
families, including salmonids such as rainbow trout reared
in warm surface waters®.

Life Cycle. Typical of many parasitic copepods, the
adult female is the most pathogenic form. Eggs are released
into the water, hatch, and release a larval stage, the nau-
plius. The nauplius develops through two additional
free-living stages before locating a suitable host and matur-
ing to the adult stage. Adults feed on skin mucus. Males
die after mating. In temperate zones, the female over
winters as a larva, or as a juvenile adult attached to a fish.
Females will attach to the skin and fins.

Pathologic Effects. Lester and Roubal?! reviewed
the pathogenesis of L. cyprinacea infestation. Infested fish
may show hemorrhage, ulceration, hyperplasia, and fibro-
sis at the site of attachment’. Ulcers may serve as portals
for secondary bacterial or fungal infections. Underlying
muscles may become necrotic. A thick connective tissue
encapsulation ultimately occurs around the portion of the
parasite within the host!*.
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Fig. 7.36. Lernaea from koi carp. (A) Two attached females (L) and ulcer at site of previous attachment (arrow). (B) Adult females. Note anchor-like

anterior end and egg sacs (E). (C) Copepodid.

Clinical Disease. Lernaea cyprinacea causes severe
mortality in carp and goldfish reared in both ornamental
and food fish ponds'!. Heavy infestations can lead to
anemia, debilitation, and death. Heavy infestations by
copepodids on the gills may cause respiratory distress'*!.

Diagnosis. Infestation is diagnosed by visualization
of the females attached to the skin. This is best accom-
plished using a dissecting microscope.

Treatment. Organophosphate insecticides added to
the water have been recommended for treating parasitic
copepods, including anchor worms”2%4121 Dimilin
(diflubenzuron) (UniRoyal Chemical Co.) applied in
ponds at 0.01 to 0.03 ppm was effective at reducing
L. cyprinacea infestations on golden shiners (Notemigonus
crysoleucas)'*1"123. Incorporation of ivermectin and its ana-
log, emamectin, into feed has been used successfully to
treat another type of skin-parasitic copepod, caligid infes-
tations in farmed salmon'?4. Emamectin is sold as Slice®
(Schering-Plough Animal Health). Salmincola californien-
sis, a gill parasite, has been treated by oral intubation of
ivermectin (0.2 mg/kg body weight)'?. In light of these
reports, oral administration of avermectins might also
prove useful for Lernaea infestations.

Other commonly available chemicals used in aquacul-
ture were evaluated for treating Lernaea bhadraensis infes-
tations in the carp Catla catla'?®. Bath treatment twice
per day over five consecutive days, with 30 ppm potassium
permanganate (KMnO 4) for 20 minutes, was 100%

effective in killing adult and larval parasites. Larval stages
of L. bhadraensis were also highly sensitive to formalin at
150 and 250 ppm, while the adult parasites showed
marked resistance, even up to 500 ppm at a water temper-
ature of 25.5°C.

Prevention. Removal of adult females from fish
before introduction into the animal facility will prevent
the infestation.

Public Health Considerations. Lernaea spp. are not
zoonotic.
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TABLE 7.1 Parasites of fish—circulatory/lymphatic system.
Geographic Location in
Parasite distribution Hosts host Method of infection Pathologic effects Reference
Flagellates
Trypanoplasma Europe Goldfish, carp, Blood Bite of intermediate Lethargy, anorexia, 43,128
(Cryptobia) European host (leech) weight loss anemia,
cyprinid, minnow, others death
T. borelli
Trypanoplasma North America Salmonids, Blood Direct transmission Lethargy, anorexia, 43,127
(Cryptobia) sticklebacks, or bite of weight loss, anemia,
gurneyorum, others intermediate host death
T. salmositica (leech)
Trypanosoma spp. North America Brook trout, Blood Bite of intermediate Not reported 43,128,129
others host (leech)
Trypanosoma Europe Carp, eel, Blood Bite of intermediate Anemia, debilitation, 128, 130
danilewski, European host (leech) death
1. granulosum, minnow
Apicomplexa
Dactylosoma Eastern Canada Brook trout Blood Bite of unknown Not reported 43
salvelini bloodsucking invertebrate
Myxozoa
Tetracapsuloides Europe, Salmonids Blood, kidney, Actinosporean from Anemia, renosplenomegaly 247
bryosamonae North America spleen, etc. bryozoans, penetration
of skin and gills
Trematodes
Sanguinicola armata, Europe Goldfish, carp, Blood vessels Penetration of skin by Ova and miracidia cause 43,132
Sanguinicola spp. others cercaria released from extensive gill damage,
snail death
Sanguinicola davisi, North America Rainbow trout, Blood vessels Penetration of skin by Ova and miracidia cause 43
S. huronis black bass cercaria released from snail extensive kidney and gill
damage, death
Larval
Ascocotyle leighi, Southern Topminnows, killfishes, Conus arteriosus Penetration by cercaria Cysts in conus arteriosus 43,133

A. tenuicollis

United States

mollies, others

released from snail

of blood

which sometimes block flow
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TABLE 7.2 Darasites of fishes—enterohepatic system.

Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects References
Flagellates
Spironucleus Europe Goldfish, other aquarium Intestine Ingestion of cyst passed Catarrhal enteritis, anorexia, 9, 13, 43, 248
(Hexamita) fishes, salmonids, in feces listlessness, emaciation,
intestinalis other fishes retarded growth, death
Spironucleus North America Salmonids, other fishes Intestine Ingestion of cyst passed Catarrhal enteritis, anorexia, 9, 134, 248
(Hexamita) in feces listlessness, emaciation,
salmonis retarded growth, death
Amoebae
Schizamoeba salmonis ~ US Trout, Pacific salmons Stomach, intestine Ingestion of organism Nonpathogenic 9,43
passed in feces
Coccidia
Calyptospora spp. US Fundulus spp. Liver Ingestion of shrimp Increased susceptibility 27,31,32
intermediate host to cold shock
Eimeria spp. and Europe, US Goldfish, carp, Various organs Ingestion of oocyst Enteritis, anemia, 9, 25,26 43,
Goussia spp. salmonids, others passed in feces emaciation, death 135-137
Myxozoa
Ceratomyxa shasta Western US Rainbow trout Multiple organs Actinosporeans from the May cause high 138, 139
aquatic polychaete mortality in fry
Manayunkia speciosa
Chloromyxum spp. Asia, Europe, Carp, bluegill, Gallbladder Probably by actinosporeans May cause hypertrophy 13,43
North America sunfishes, salmonids released from of gallbladder, anorexia,
oligochaete worms debilitation, diarrhea,
anemia, death
Myxidium spp. Europe, Sticklebacks, topminnows,  Liver, gallbladder, Probably by actinosporeans Variable mortality, 13, 43, 140
North America killifishes, mosquitofish, kidney released from most nonpathogenic
salmonids, bass, oligochaete worms
others
Myxobolus capsulatis ~ Southern US Topminnows Viscera Probably by actinosporeans Cysts in viscera 43
released from oligochaete
worms
Myxobolus cyprini Europe Carp, others Liver (also found Probably by actinosporeans Inflammation of 13
in spleen, kidneys) released from oligochaete kidney and spleen
worms
Myxobolus grandis Northeastern US Shiners, others Liver Probably by actinosporeans Enlarged liver 43

from oligochaete worms

(Continued)
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TABLE 7.2 (Continued)

Geographic
Parasite distribution hosts Location in host Method of infection Pathologic effects References
Trematodes
Allocreadium spp. UsS Shiners, trout, catfish, Stomach, intestine Ingestion of metacercaria Unknown 43
goldfish, others in arthropod, clam
Alloglossidium corti North America Channel catfish, others Intestine Ingestion of intermediate host ~ Unknown 43,147
Azygia spp. Asia, Europe, Bluegill, sunfish, catfish, Intestine and/ Ingestion of cercaria in snail Unknown 43, 144, 145
North America salmonids, others or stomach and/or in fish
Bucephalus elegans Us Bluegill, sunfish, others Intestine Ingestion of metacercaria in Unknown 43
muscle or skin of fish
Bucephalus Europe Goldfish, carp, Atlantic Intestine Ingestion of metacercaria Unknown 43
polymorphus salmon, eels, others in gills or skin of fish
Bunodera spp. Europe, Carp, black bass, brown Intestine Ingestion of intermediate host ~ Unknown 43
North America trout, others
Centovarium lobotes North America Black bass, other Stomach, intestine Ingestion of metacercaria Unknown 43
centrarchids, channel in muscle
catfish, eels, other fishes
Crepidostomum spp. Europe, Carp, catfish, sunfish, Intestine Ingestion of intermediate host ~ May cause enteritis 43,148
North America black bass, salmonids, and death
others
Creptotrema funduli UsS Topminnows, Intestine Ingestion of Unknown 43
sticklebacks, other fishes metacercaria in insect
Cryprogonimus chyli North America Bluegill, sunfish, others Stomach, intestine Ingestion of metacercaria Unknown 43
in muscle
Homalometron Southern US Sunfish, others Intestine Ingestion of metacercaria Unknown 43,149
armatum in clam
Holostephanus ictaluri ~ US Channel catfish Intestine Ingestion of cercaria Unknown 43
released from mollusk
Microphallus opacus North America Black bass, channel Stomach, intestine Ingestion of metacercaria Unknown 43, 146
catfish, eels, other fishes in crustacean
Plagioporus spp. Europe, Sunfish, salmonids, Intestine Ingestion of metacercaria in Unknown 43
Middle East, shiners, chubs, others intermediate host (arthropod)
North America
Podocoryle spp. Europe, Salmonids, others Intestine Unknown Unknown 43,150
North America
Proterometra us Bluegill, sunfish, others Esophagus Ingestion of metacercaria Unknown 43,141
macrostoma in snail
Proterometra spp. Us Bluegill, sunfish Intestine Ingestion of metacercaria Unknown 43,142, 143
in snail
Rhipidocotyle Us Sunfish, others Intestine Ingestion of metacercaria Unknown 43
septpapillata in gills or skin of fish
Sphaerostoma spp. Europe Carp, European minnow, Intestine Ingestion of cercaria released Unknown 43
chubs, eels, trout, others from mollusk
Vietosoma parvum Eastern US Channel catfish Stomach, intestine Ingestion of intermediate Unknown 43

host (arthropod)
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Larval

Acocotyle spp. Southern US Topminnows, mollies Liver, intestinal wall,  Penetration of surface by Cysts in liver or 43
other organs cercaria released from snail intestinal wall
Petasiger nitidus North America Shiners, guppy, bluegill, Esophagus Penetration of surface by Cysts in esophagus 43
other fishes cercaria released from snail
Cestodes
Adult
Atractolytocestus UsS Carp Intestine Ingestion of intermediate host ~ Unknown 43,161
huronensis
Bothriocephalus spp. Asia, Europe, Bluegill, carp, sunfish, Intestine, pyloric ceca Ingestion of intermediate host  Enteritis, intestinal 43,152
North America black bass, sticklebacks, (copepod, small fish) blockage
eels, others
Caryophyllaeus spp. Europe, Carp, others Intestine Ingestion of intermediate Unknown 13,43
North America host (oligochaete)
Corallobothrium spp. ~ North America Channel catfish, Intestine Ingestion of intermediate host ~ Probably harmful to host 43,151
other ictalurids (copepod, small fish)
Cyathocephalus Europe, Brown trout, other fishes Intestine Ingestion of intermediate host ~ Unknown 43,157
truncatus North America (small fish)
Eubothrium crassum, Europe, Salmonids, others Pyloric ceca Ingestion of intermediate Reduced growth, 43,156
E. salvelini North America host (copepod) swimming ability
Khawia spp. Central US Carp, other cyprinids Intestine Ingestion of intermediate host ~ Unknown 43,160
Ophiotaenia fragilis North central US  Channel catfish Intestine Unknown Unknown 43
Proteocephalus spp. Europe, Black bass, salmonids, Intestine Ingestion of intermediate host ~ Unknown 43,152-155
North America catfish, sunfish, others (copepod or small fish)
Triaenophorus spp. Europe, Carp, sunfish, black bass, Intestine Ingestion of intermediate Unknown 43,158,159
North America rainbow trout, others host (small fish)
Larval
Corallobothrium North America Shiners Viscera Ingestion of intermediate Unknown 43
imbriatum host (copepod)
Diphyllobothrium spp.  Europe, Salmonids, others Viscera Ingestion of intermediate Zoonotic 43
North America host (copepod)
Haplobothrium North America Guppies, sunfish Liver Ingestion of intermediate Unknown 43,163
globuliforme host (copepod)
Proteocephalus spp. North America Chubs, shiners, Viscera (also found in  Ingestion of intermediate Migrating plerocercoids 43,153,162
topminnows, killfishes, gonads or muscle, host (copepod) cause extensive damage
bluegill, trout, catfish, depending on species) to viscera, fibrosis adhesions,
others distortion of body, sterility
Triaenophorus North America, Goldfish, sunfish, Liver Ingestion of intermediate Cysts in liver; massive 13, 43
nodulosus Europe salmonids, others host (copepod) infections cause destruction

of liver, death

(Continued)
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TABLE 7.2 (Continued)
Geographic
Parasite distribution hosts Location in host Method of infection Pathologic effects References
Nematodes
Adult
Camallanus spp. Europe, Carp, salmonids, sunfish, Intestine Ingestion of intermediate Unknown 13,43
North America shiners, others host (copepod)
Capillaria catenata North America Bluegill, sunfish, catfish, Intestine Probably by accidental Heavy infections 43
others ingestion of egg cause enteritis
Capillaria eupomotis  Europe European minnow, Liver Probably by accidental Extensive liver damage 43
sunfish, others ingestion of egg
Contracaecum Europe Salmonids, others Stomach Ingestion of second Length: 18 to 36 mm. 56, 169
aduncum intermediate host Unknown
(small fish)
Contracaecum North America Sunfish, others Stomach, intestine Ingestion of second Length: up to 90 mm. 43
brachyurum intermediate host (small fish) Unknown
Dacnitoides North America Chubs, sunfish, Intestine Ingestion of copepod Unknown 43
cotylophora black bass, others
Dacnitoides robusta North America Channel catfish, Intestine Ingestion of copepod Unknown 43
other ictalurids
Haplonema aditum North America Eels Intestine Probably by ingestion Unknown 43,164
of copepod
Metabronema salvelini  Northern Salmonids, others Intestine Ingestion of intermediate Unknown 43
US, Canada host (mayfly)
Pseudocapillaria US, Canada Salmonids Intestine Unknown Unknown 43,108
catostomi
Pseudocapillaria North America, Cyprinids Intestine Direct, ingestion of Enteritis, neoplasia 109, 111-113
tomentosa Europe infective ova
Rhabdochona denudata  Asia, Europe Salmonids, others Intestine Ingestion of intermediate host ~ Unknown 165, 166
Spinitectus spp. Europe, Sunfish, black bass, Stomach, intestine Ingestion of intermediate host ~ May cause enteritis and 167,168
North America catfish, others (mayfly) death
Larval
Contracaecum US, Canada Shiners, sunfish, Viscera Ingestion of copepod, Migrating larvae cause damage 170
piculigerum catfish, others amphipod extensive visceral
Spiroxys sp. North America Carp, shiners, catfish, Viscera (also found Ingestion of first Cysts in mesentery; 171
sunfish, others in mesentery) intermediate host (copepod) probably causes little damage
except in heavy infections
Acanthocephala
Acanthocephalus spp. Europe, Goldfish, carp, salmonids, Intestine Ingestion of intermediate Enteritis, death 43
North America catfish, others host (amphipod)
Echinorbynchus spp. Europe, Sunfish, salmonids, others Intestine Ingestion of intermediate Ulcerative enteritis 43,152, 174
North America host (amphipod)
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Leptorhynchoides
thecatus

Neoechinorhynchus spp.

Octospiniferoides
chandleri

Pomphorhynchus
bulbocolli

Pomphorhynchus laevis

US, Canada

Asia, Europe,
North America

Southern US

North America

Europe

Carp, shiners, others

Shiners, sunfish,
salmonids, others
Killifish, mosquitofish

Goldfish, carp, sunfish,

salmonids, others

Goldfish, carp, salmonids,

sticklebacks, eels, others

Adult: pyloric ceca

Larva: mesentery,

liver

Adult: intestine
Larva: liver
Intestine
Adult: intestine

Larva: mesentery,
liver, spleen

Intestine

Definitive: ingestion of
intermediate host (amphipod,
small fish)

Intermediate:
ingestion of intermediate host
(amphipod)

Definitive: ingestion of second
intermediate host (small fish)
Intermediate: ingestion of first
intermediate host (ostracod)

Ingestion of intermediate
host (probably ostracod)

Definitive: ingestion of second
intermediate host (small fish)

Intermediate: ingestion of first
intermediate host (amphipod)

Ingestion of intermediate
host (amphipod)

Adult: extensive
damage to cecal mucosa

Larva: cysts in mesentery,
liver

Adult: local damage to
intestinal mucosa
Larva: cysts in liver

Unknown

Adult: extensive damage to
intestinal mucosa; sometimes
perforation of intestine,
trauma to liver

Larva: cysts in mesentery,
liver, spleen

Extensive damage to
intestinal mucosa; sometimes
perforation of intestine, trauma
to liver

175

43,172

43,173

43,176

43,177
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TABLE 7.3 Parasites of fishes—musculoskeletal system.

Geographic
Parasite distribution hosts Location in host Method of infection Pathologic effects References
Myxozoa
Myxobolus (Myxosoma) Asia, Europe, Trout, other salmonids Cartilage, spine Ingestion of spores Destruction of cartilage 131,178
cerebralis North America released from tissue of head, spine; deformation
of head, spine; blackened
tail; impaired locomotion
(“whirling disease”)
Myxosoma spp. North America Bluegill, sticklebacks, Cartilage, spine Ingestion of spores Causes cysts in cartilage 43,131
sunfish, black bass released from tissue of head
Myxobolus spp. North America Black bass, minnows, Muscle Probably by ingestion Cysts in muscle 43,179
shiners, salmonids, others of spores released from tissue
Henneguya salmincola  Alaska, Siberia Pacific salmon Muscle, subcutis Probably by ingestion of Cysts in muscle, subcutis 180
spores released from (“tapioca disease”)
tissue
Pleistophora spp. Europe, Topminnows, Muscle Ingestion of spores Cysts in muscle, emaciation, 13, 56, 181
North America swordtails, tetras, others released from tissue death (“neon tetra disease”)
Trematodes
Larval, digenetic
Bolbophorus confusus Africa, Europe, Trout, others Muscle Penetration by cercaria Cysts in muscle 43
Northwestern US released from snail
Hysteromorpha triloba  Asia, Europe, Golden shiner, others Muscle Penetration by cercaria Cysts in muscle 43
Americas released from snail
Prohemistomum ovatis  Europe Carp, other cyprinids Muscle Penetration by cercaria Cysts in muscle 182
released from snail
Clinostomum North America Minnows, chubs, shiners, Muscle, connective Penetration by cercaria Light yellow cysts in 13, 43,183
marginatum killifish, sunfish, others tissue, gills released from snail muscle, connective
tissue, gills
Clinostomum Eastern Europe, Goldfish, others Muscle, Penetration by cercaria Light yellow cysts 13,183
complanatum southern Asia connective tissue released from snail in muscle, connective
tissue, gills
Bucephalus elegans North America Shiners, others Muscle, skin Penetration by cercaria Cysts in muscle, skin 43
released from snail
Macroderoides spinifera  North America Killifish, mollies, Muscle Penetration by cercaria Cysts in muscle 43
mosquitofish released from snail
Paramacroderoides North America Killifishes, mollies, Muscle Penetration by cercaria Cysts in muscle 43,184
echinus mosquitofish released from snail
Sellacoryle mustelae North America Fathead minnow, chubs, Muscle, mesentery Penetration by cercaria Small cysts in muscle, 43
shiners, others released from snail mesentery
Apaphallus brevis North America Perch Muscle Penetration by cercaria Bony ossicles 249
released from snail
Apophallus donecius North America Cyprinids and salmonids Bone, vertebrae Penetration by cercaria Vertebral deformities 250

released from snail
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Apophallus muelingi Europe Cyprinids Muscle, gills Penetration by cercaria Cysts in muscle, gills 144
released from snail
Centrovarium lobotes North America Bluntnose minnow, Muscle Penetration by cercaria Unpigmented cysts in muscle 43
shiners, others released from snail
Opisthorchis tenuicollis ~ Asia, Europe, Carp, other cyprinids Muscle, Penetration by cercaria Cysts in muscle, connective 56
North America connective tissue released from snail tissue; may infect man
Opisthorchis tonkae North America Sunfish, others Muscle Penetration by cercaria Cysts in muscle 185
released from snail
Cestodes
Larval
Diphyllobothrium spp.  Worldwide Salmonids, eels, others Muscle, connective  Ingestion of intermediate Hemorrhage, fibrosis, 13,43
tissue, mesentery, host (copepod) adhesions, emaciation,
liver, spleen reduces fertility, death
Triaenophorus crassus ~ Europe, Salmonids, others Muscle, Ingestion of intermediate Yellow cysts in muscle, 43
North America connective tissue host (copepod) connective tissue
Nematodes
Larval
Eustrongylides spp. Europe, Carp, sunfish, Muscle, viscera Ingestion of intermediate Large red cyst up to 10 mm 43
North America sticklebacks, trout, host (oligochaete) in diameter in muscle,

others

viscera
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TABLE 7.4 Darasites of fishes—nervous system.

Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Myxozoa
Henneguya Europe Goldfish Eyes Probably actinosporeans Cysts in cornea 13,181
zikaweiensis from oligochaetes
Myxobolus North America Minnows, shiners Eyes Probably actinosporeans Cysts in sclera of eye 43
(Myxosoma) hoffinani, from oligochaetes
M. orbitalis
Myxobolus neurobius, Europe, Salmonids Spinal cord, nerves  Probably actinosporeans Cysts in nerves, spinal cord 13, 43, 180
M. kisutchi North America from oligochaetes
Myxobolus spp. North America Minnows Brain (also found Probably actinosporeans Cysts in brain, viscera 43,180
in viscera) from oligochaetes
Pseudoloma neurophilia  North America, Zebrafish, possibly Hind brain, spinal Direct, ingestion of spores Neuritis, meningitis, 52,53
Europe neon tetras and swordtails cord, nerve roots, myositis, associated with
somatic muscle emaciation and skeletal
deformities
Trematodes
Larval digenetic
Diplostomulum spp. Europe, Carp, goldfish, minnows, Vitreous body Penetration by cercaria Adults unknown; 43
North America salmonids, shiners, released from snail probably causes blindness
sunfish, others
Diplostomum spp. Europe, Goldfish, carp, minnows, Eye lens, Penetration by cercaria Opacity of lens, blindness, 43,186-189
North America bass, salmonids, sunfish, vitreous body released from snail increased intraocular
others pressure, rupture of
cornea, death
Ornitho-diplostomum North America Cyprinids, fathead minnow  Brain Penetration by cercaria Behavior changes 43,246
prychocheilus released from snail
Tetracotyle lepomensis North America Shiners, bluegill Vitreous body Penetration by cercaria Probably causes blindness; 43

(also found in
mesentery)

released from snail

cysts in mesentery
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TABLE 7.5 DParasites of fishes—respiratory system/skin and connective tissue.

Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Flagellates
Amyloodinium Worldwide Marine fishes Direct contact with Hyperplasia, inflammation 9
ocellatum free-swimming and necrosis of gill
dinospores epithelium
Bodomonas concava North America Bluegills, other fishes Gills Direct contact with Unknown 43
free- swimming stage
Cryptobia spp. North America Goldfish, carp Skin, gills Unknown Unknown, apparently 43,127,128
a commensal
Colponema spp. Americas Bluegills, catfish, others Gills Direct contact with Unknown 43,191
free- swimming stage
Ichthyobodo neactaor ~ Asia, Europe, Salmonids, goldfish, Skin, gills Direct contact with Causes gray coating on 43,190
North America guppies, platyfish, free- swimming stage skin, anorexia,
wordtail, tropical debilitation, death
mouthbreeders, others
Piscinoodinium Europe, Freshwater fishes Skin, gills Direct contact with Yellow-brown coating 9,11-14, 43,192
pillulare North America free-swimming dinospores on skin, gills; debilitation;
impaired respiration;
sometimes death
Myxozoa
Chloromyxum North America Chubs, others Gills Probably infection of surface Cysts in gills 43
externum by actinosporeans
from oligochaetes
Dermocystidium spp. Asia, Europe, Carp, goldfish, Gills and/or skin Ingestion of spores Cysts in gills or skin 13, 43, 196, 197

Glugea anomala

Henneguya spp.

Mysxobolus spp.

Myxobolus spp.

North America
Alaska, Europe

North America

North America

North America

salmonids, sticklebacks

Sticklebacks

Catfish, shiners,

salmonids

Salmonids, shiners,
minnows, others

Minnows, carp, others

Subcutaneous tissues,

peritoneum,

stomach, intestine,
ovaries, cornea

Skin, subcutis,

and gills (depending

on parasite species)

Skin and/or

abdominal and
cranial cavities

Gills

Ingestion of spores released
from tissue

Probably infection of surface
by actinosporeans
from oligochaetes

Probably infection of surface
by actinosporeans from
oligochaetes

Probably infection of
surface by actinosporeans
from oligochaetes

Large thick-walled cysts in
subcutaneous tissues,
body deformation, death

Cysts in skin, subcutis, gills

Cysts in skin, cranial cavity,
hepatic destruction,
increased mortality

Cysts in gills, dyspnea,
death

13,194, 195

43,180

9,43,128

13,43

(Continued)
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TABLE 7.5 (Continued)
Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Myxobolus spp. Asia, Europe, Carp, minnows, shiners, Skin and/or gills, and ~ Probably infection of Cysts in skin, gills, muscle, 9,13,43,179
North America sunfish, others viscera (depending surface by actinosporeans spleen, mesentery, intestine,
on parasite species) from oligochaetes ovaries
Pleistophora North America Rainbow trout, Gills Ingestion of spores Cysts in gills, anemia, 43
salmonae Pacific salmon, other released from tissue inflammation of gills,
salmonids proliferation of gill lamellae,
death
Thelohanellus North America Bluntnose Skin Probably infection of surface Cysts in skin 43
notatus minnow, shiners by actinosporeans
from oligochaetes
Unicauda brachyuran, ~North America Shiners, trout Skin, fins Probably infection of surface Cysts in fins 43,193
U. fontinalis by actinosporeans
from oligochaetes
Unicauda plasmodia ~ North America Catfish Gills Probably infection of surface Cysts in gills 43
by actinosporeans from
oligochaetes
Microsporidia
Glugea anomala Alaska, Europe Sticklebacks Subcutaneous tissues, ~Direct, ingestions of spores Large thick-walled cysts 13, 61, 69,
peritoneum, in subcutaneous tissues, 194, 195
stomach, intestine, body deformation, death
ovaries, cornea
Loma salmonae North America Rainbow trout, Gills Direct, ingestion of spores Cysts in gills, anemia, 43,49,57,59

Pacific salmon, other
salmonids

inflammation of gills,
proliferation of gill
lamellae, death

Choanoflagellate
Dermocystidium spp.  Asia, Europe, Carp, goldfish, Gills and/or skin Unknown Cysts in gills or skin 13, 43, 196, 197
North America salmonids, sticklebacks
Ciliates
Ambiphrya ameiuri North America Catfish, bass, others Gills Direct contact with Heavy infections 9, 43, 200
organism in water may cause death
Amphileptus voracus North America Channel catfish, others Gills Direct contact with Probably beneficial to 43
organism in water host; ingests pathogenic
protozoans
Apiosoma piscicola Europe Goldfish, Gills Direct contact with Unknown 9,13, 201
sticklebacks, others organism in water
Chilodonella Worldwide Freshwater fishes Skin, gills Direct contact with Hyperplasia and necrosis 13, 43, 45, 46
piscicola and organism in water of gill epithelium
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C. hexasticha

Epistylis spp. North America Bluegills, black bass, Skin Direct contact with Heavy infections sometimes 9,13, 43
trout, others organism in water cause erosion of scale,
dermal ulcers
Ichthyophthirius Worldwide All freshwater fishes; Skin, gills Direct, infection of surface Irritation of skin, gray-white 37, 41, 198
multifiliis common on fishes in by free-swimming stage granulomatous dermal
captivity (theronts) lesions, (ichthyophthiriasis,
“ich,” “white spot disease”)
Ophryoglena spp. North America Chubs, bluegills, Skin Direct contact with Epithelial sloughing, lethargy, 43, 199
black bass, others organism in water sometimes death
Trichodina spp. Asia, Europe, Sunfish, catfish, goldfish, Skin and/or gills Direct contact with Excess mucus production, 9,202,203
North America, minnows, salmonids, organism in water skin blotches, loosened scales,
Europe others frayed fins, epithelial
hyperplasia, dyspnea, death
Trichodinella Europe, Carp, goldfish, Gills Direct contact with Hyperplasia of gill epithelium, 9, 3,202
myakkae, T. subtilis North America minnows, trout, others organism in water dyspnea, death
Trichophrya spp. North America  Black bass, catfish, Gills Direct contact with Unknown 9,43
salmonids, channel catfish organism in water
Tripartiella spp. Europe, Chubs, catfish, Gills Direct contact with Heavy infections probably 9, 43,202
North America minnows, others organism in water cause dyspnea, death
Trematodes
Monogenetic
Actinocleidus fusiformis  North America Black bass Gills Direct contact Heavy infections cause 43
dyspnea, death
Anchoradiscoides North America Sunfish Skin, gills Direct contact Unknown 209
serpentinus
Clavunculus bursatus ~ North America Bluegills, black bass Gills Direct contact Heavy infections cause 43
dyspnea, death
Cleidodiscus spp. North America Sunfish, catfish, others Gills Direct contact Heavy infections cause 43
dyspnea, death
Dactylogyrus spp. Worldwide Goldfish, carp, others Gills Direct contact Hypertrophy of gill filaments, 13, 43, 207
sometimes death
Diplozoon nipponicum  Asia Carp, other cyprinids Gills Direct contact Causes adhesions, edema of 56
gills; dyspnea, death
Diplozoon paradoxum  Europe Carp, European Gills Direct contact Adhesions, edema of gills; 13
minnow, others dyspnea, death
Discocotyle sagittata Europe, Trout, Atlantic salmon Gills Direct contact Heavy infections cause 43,214
North America dyspnea, death
Gyrodactylus spp. Asia, Europe, Goldfish, carp, bluegills, Skin, gills Direct contact Ingests blood; causes mucous 13, 43, 99,
North America catfish, minnows, coating on skin, gills; frayed 100,
shiners, trout, others fins; sometimes death 204-206
Lyrodiscus North America Bluegills Skin, gills Direct contact Hypertrophy of gill 209
seminolensis, filaments, sometimes death
L. muricatus
Pseudacolpenteron Asia, Europe, Carp, other cyprinids Gills, fins Direct contact Hypertrophy of gill filaments, 208
pavlovskyi North America sometimes death

(Continued)
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TABLE 7.5 (Continued)
Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Urocleidoides spp. Europe, Guppies, sunfish, others Gills Direct contact Heavy infections cause 210,211
North America, dyspnea, death
West Indies
Urocleidus spp. Europe, Bluegills, sunfish, Gills Direct contact Heavy infections cause 43,212,213
North America black bass dyspnea, death
Larval, digenetic
Apophallus brevis, Europe, Carp, shiners, trout, others ~ Skin Penetration by Black cysts in skin 43
A. venustus North America cercaria released from snail
Ascocotyle angrense, Europe, Topminnows, mollies, Gills Penetration by cercaria Cysts in gills 43,223
A. coleostoma North America other fishes released from snail
Ascocotyle mcintoshi Southern US Mollies, mosquitofish Mesentery, viscera Penetration by cercaria Cysts in mesentery, viscera 43,224
released from snail
Bucephalus Europe Cyprinids, eels, others Gills, skin, fins Penetration by cercaria Cysts in gills, skin, fins; 220
polymorphus released from snail hemorrhagic necrosis in
fins, eyes, mouth;
sometimes death
Crassiphiala North America Fathead minnows, Skin, gills, muscle Penetration by cercaria Black cysts in skin, branchial 43,217
bulboglossa chubs, shiners, others released from snail arches, muscle; heavy
infections cause death
Echinochasmus North America Sticklebacks, others Gills Penetration by cercaria Cysts in gills 43
donaldsoni, released from snail
E. schwartzi
Euparyphium melis Asia, Europe, Bluegills, other fishes Nares, cloaca Penetration by cercaria Unknown 43,221
North America released from snail
Nanophyetus Pacific coast of Goldfish, other cyprinids, Gills, eyes, tongue, Penetration by cercaria Cysts produce mechanical 43
salmincola North America, mosquitofish, sunfish, muscle, heart, released from snail damage; heavy infections
Siberia salmonids, sticklebacks viscera cause death; serious
pathogen in some hatcheries;
zoonotic vector for
Neorickettsia helminthoeca
Neodiplostomum Eastern Europe Carp Skin, muscle Probably by penetration Cysts in skin, muscle 13
perlatum by cercaria released from snail
Ornithodiplostomum North America Fathead minnows, Peritoneum, viscera,  Penetration by cercaria Cysts in peritoneum, 43,219
prychocheilus chubs, shiners brain released from snail viscera, brain
Posthodiplostomum Europe Goldfish, sticklebacks, Skin, gills, muscle, Penetration by cercaria Black cysts in skin; heavy 13,218
cuticola others mouth released from snail infections probably
cause death
Posthodiplostomum North America Minnow, catfish, Mesentery, kidneys, Penetration by cercaria Cysts in mesentery, kidneys, 13,219
minimum shiners, sunfish, others liver, spleen, released from snail liver, spleen, pericardium
pericardium (white grub); heavy

infections cause death
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Ribeiroia ondatrae North America Bluegills, sunfish, Subcutis Penetration by cercaria Cysts in lateral line system 43,222
black bass, others released from snail
Tetracotyle echinata, Asia, Europe Carp, salmonids, others Peritoneum Penetration by cercaria Cysts in peritoneum, 43,215
1. sogdiana released from snail adhesions, peritonitis
Tetracotyle intermedia  Asia, Brown trout, others Pericardium Penetration by cercaria Cysts in pericardium 43
North America released from snail
Uvulifer ambloplitis North America Minnows, shiners, Skin, muscle Penetration by cercaria Black cysts in skin, muscle; 43,216
sunfish, others released from snail heavy infections cause death
Cestodes
Larval
Ligula intestinalis Asia, Europe, Goldfish, carp, minnows, Abdominal cavity Ingestion of intermediate Abdominal distention, 13, 43, 225
North America shiners, black bass, host (copepod) compression of viscera,
trout, others excessive proliferation of
connective tissue, obliteration
of gonads, sterility, rupture of
body wall, death
Schistocephalus Asia, Europe, Sticklebacks, other fishes Abdominal cavity Ingestion of intermediate Heavy infections cause 13, 43, 226
solidus, S. thomasi North America host (copepod) abdominal distention,
compression of viscera,
obliteration of gonads,
decreased fertility
Nematodes
Adult
Cystidicola Europe, Trout, other Swim bladder Ingestion of intermediate None known 13, 43,165
stigmatura, North America salmonids, sticklebacks host (shrimp)
C. farionis
Philonema North America Trout, other salmonids Abdominal cavity Ingestion of intermediate Abdominal adhesions 43,227
agubernaculum, host (copepod)
P oncorhynchi
Philometra carassii, Europe, Goldfish, others Caudal fin Ingestion of intermediate Fin lesions 43
P sanguinea North America host (copepod)
Philometra Europe, Black bass, cyprinids, Abdominal cavity Ingestion of intermediate Abdominal adhesions 13, 43, 228,
cylindracea, North America others host (copepod) 229
P abdominalis
Rhabdochona Americas Carp, catfish, chubs, Swimbladder, Ingestion of intermediate None known 43
cascadilla, shiners, black bass, intestine host (mayfly)
R. decaturensis salmonids, sticklebacks,
others
Leeches
Cystobranchus verrilli ~ North America Bluegills, black bass, Skin Direct contact Ingests blood 43
channel catfish, others
Cystobranchus respirans  Europe Atlantic salmon, Skin Direct contact Ingests blood 13, 43

other salmonids, others

(Continued)
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TABLE 7.5  (Continued)
Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Haementeria North America Carp, black bass, Skin Direct contact Ingests blood 43
montifera, bluegills, others
H. parasitica,
Hllinobdella spp. North America Golden shiner, bluegills, Skin Direct contact Ingests blood 43
sunfish, black bass,
catfish, others
Piscicola spp. Europe, Goldfish, carp, trout, Skin Direct contact Ingests blood; causes 43
North America salmonids, weight loss; vector
sticklebacks, others of Crytobia
Piscicolaria spp. North America Golden shiners, bluegills, Skin Direct contact Ingests blood 43
channel catfish, others
Mollusks
Freshwater clams Worldwide Goldfish, carp, shiners, Larva: gills, skin, fins  Direct contact Cysts in gills; heavy infection 43
of unknown species sunfish, trout, others sometimes cause death
Margaritifera Western Trout, other salmonids Larva: gills Direct contact Cysts in gills; heavy infection 43,230
margaritifera North America sometimes cause death
Pisidium variable North America Rainbow trout, others Adult: mouth Direct contact Attaches to mouth of 43
young fishes; causes irritation
Crustaceans
Achtheres spp. North America Black bass, catfish, Gills Direct contact Damage to gills, impaired 43
salmonids respiration, death
Argulus spp. Worldwide Goldfish, carp, bluegills, Skin Direct contact Irritation of skin, loss of 13, 43,119,
trout, sticklebacks, sunfish, blood, sometimes death; 120, 231
eels, salmonids, others possible vector of pathogens;
Some species zoonotic
Ergasilus spp. North America Catfish, cyprinids, Gills Direct contact Nodules on gills, anorexia, 43,232
bluegill, sunfish, black loss of weight, debilitation,
bass, salmonids, others fusion of gill lamellae, impaired
respiration, death
Lepeophtheirus spp. Asia, Europe, Salmonids Perianal skin Direct contact Salmon louse. Cause 43,235
North America damage to skin
Lernaea spp. Africa, Asia, Goldfish, carp, catfish, Gills, fins, skin Direct contact Extensive damage to gills, 13,43, 121,
Europe, shiners, tropical fins, skin; debilitation; 122

Salmincola spp.

North America

Asia, Greenland,
Iceland,
North America

mouthbreeders, sunfish
salmonids, others
Salmonids

Gills

Direct contact

sometimes death

Loss of blood, damage to gills, 233, 234

debilitation, death
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TABLE 7.6  Parasites of fishes—urogenital system.

Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Myxozoa
Chloromyxum spp. North America Killifishes, Kidneys Actinosporeans from None known 43
salmonids, others oligochaetes
Henneguya spp. Europe Sticklebacks Kidneys, ovaries Probably actinosporeans Opvarian cysts 13, 180, 240
from oligochaetes
Hoferellus cyprini Europe Carp Kidneys Actinosporeans from May cause obstruction 13, 43, 241
oligochaetes of renal tubules, ascites
Mitraspora spp. Asia, Carp, sunfish, others Kidneys Probably actinosporeans None known 43,241, 242
North America from oligochaetes
Myxidium spp. Europe, Eels, minnows, Kidneys. Also ovaries, Actinosporeans from May cause renal tubule 13, 43,
North America salmonids, others gallbladder, liver, oligochaetes degeneration 140, 243
depending on species
Myxobilatus spp. North America Sunfish, black bass Urinary bladder Probably actinosporeans None known 43
from oligochaetes
Myxobolus spp. Europe, Killifishes Opvaries, testes Actinosporeans Ovarian cysts 13,43
North America from oligochaetes
Pleistophora ovariae North America Golden shiners Ovaries, liver, kidneys  Ingestion of spores Sterility in female 13,43, 244
Sinuolinea gilsoni Europe eels Urinary bladder Probably actinosporeans None known 13,236
from oligochaetes
Sphaerospora spp. Europe, Carp, goldfish, minnows, Kidneys, ovaries, Actinosporeans from Swimbladder inflammation 13, 237-239
North America salmonids, swimbladder oligochaetes
sticklebacks, others
Wardia ovinocua North America Sunfish Ovaries Probably actinosporeans None known 43
from oligochaetes
Myxidium North America Brook trout Kidneys Actinosporeans from None known 43
(Zschokkella) oligochaetes
salvelini
Trematodes
Acetodextra amiuri North America Catfish Opvaries Ingestion of metacercaria None known 43,245
in liver of fish
Phyllodistomum spp. Europe, Catfish, carp, goldfish, Ureters and/or Ingestion of cercaria None known 43,152,185
North America sunfish, salmonids, urinary bladder

others
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INTRODUCTION

Amphibians continue to serve as important animal models
in science, and are commonly used in many disciplines of
biomedical research and teaching, including toxicology,
physiology, limb regeneration, evolutionary biology, and
reproductive biology, to name just a few. Amphibians are
readily available through vendors in both the United States
and Europe, and may originate through captive breeding
programs or through capture of animals in the wild. While
the former are often free of parasites, the latter may harbor a
wide range of commensal or parasitic organisms. Therefore,
people involved in the care and/or use of amphibians in
biomedical research or teaching should be familiar with the
parasitic fauna of these important animal models.

PROTOZOA
Phylum Sarcomastigophora
Class Mastigophora (flagellates)

Hemoflagellates
Trypanosoma spp. Morphology. Tirypanosoma pipientis
measures 70 W long by 4 p wide! and has a round to
elliptical nucleus located near the center of the body, a
medium-sized kinetoplast, a narrow undulating membrane,
and a long flagellum. Trypanosoma ranarum has two adult
forms, one that measures 74 w long by 5 w wide and
another that measures 71 w long by 8 p wide (Figure 8.1).
In the narrower form, the nucleus is located in the
anterior one-third of the body, while in the wider form it is
located in the middle third of the body. In both forms, the
kinetoplast is large, the undulating membrane wide, and
the flagellum less than one-half the body length.
Trypanosoma chattoni occurs in vertebrates, but only
in a spherical form. It does not have an undulating

Tables are placed at the ends of chapters.
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membrane, and the flagellum, when present, is very short.
Trypanosoma diemyctyli, which has also been identified
in reptiles and amphibians, is long and slender, measuring
45t0 116 w long by 2 to 5 p wide??.

Hosts. All amphibians found in areas where
trypanosomes are endemic are susceptible to infection.
Trypanosoma inopinatum is common in Old World amphib-
ians, 1. pipientis in leopard frogs (Rana pipiens), T ranarum
in multiple species of frogs, and 7. diemyctyli in newts*.

Life Cycle. The life cycle of trypanosomes requires an
invertebrate vector’>. For most aquatic amphibians, the
intermediate host for the trypanosome is probably a leech;
for terrestrial amphibians it is probably a bloodsucking
arthropod. Although anurans are usually thought to be
infected during the tadpole stage by the bite of an infected
leech, there is some evidence that adult frogs can be
infected by the bite of an infected mosquito® and that
adult toads can been infected by ingesting an infected sand
fly (Phlebotomus sp.)’.

Pathologic Effects. The pathogenicity of the species
affecting frogs and toads varies'. Trypanosoma inopinatum
is one of the most pathogenic species, causing either acute
or chronic infections. In an acute infection, an excessive
and continuous production of juvenile forms of the
parasite is characteristic; in chronic infection, adult forms
predominate. Acute infection can lead to necrotizing
splenitis, which generally leads to the death of the amphib-
ian host. Trypanosoma pipientis and 1. ranarum can also
cause splenitis, but death is uncommon. Trypanosoma
diemyctyli can cause debilitation, anorexia, erythrocyte
degeneration, and death. The degree of parasitemia and
resultant pathologic effects are related to the environmen-
tal temperature, with pathogenicity greatest at 15°C and
least at 20°C to 25°C*3.

Clinical Disease. Most captive amphibians with low-
grade trypanosome infections are asymptomatic, and most
cases are diagnosed as an incidental finding. Animals with
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Fig. 8.1 Common trypanosomes of North American anurans. (A) Trypanosoma pipientis adult. (B) 1. ranarum adult, narrow form. (C) T ranarum
adult, wide form. (D) T chattoni adult. Reproduced from Diamond, L.S. (1965) with permission.

heavy burdens may become lethargic and depressed.
In severe cases, anurans become anemic, with packed cell
volumes of less than 20%.

Diagnosis. Antemortem diagnosis is based on identi-
fication of the parasite in the blood'. A blood sample can
be collected from the ventral abdominal vein, femoral
vein, heart, or lingual plexus to prepare a blood smear.
Wright-Giemsa is the preferred stain when preparing
slides. The living trypanosomes are usually readily recog-
nized by their rapid, wavy motion. Postmortem diagnosis

can be made from identifying the parasites in affected
tissues, such as the spleen.

Treatment. Quinine sulfate or bisulfate (30 mg/L,
one-hour bath) may be used to treat trypanosomiasis.
In severe cases, when animals have anemia, chloroquine
(50 mg/kg administered orally once weekly) may be used’.

Prevention. Because of the need for an invertebrate
intermediate host, it is unlikely that the life cycle would be
completed in the laboratory. However, infection may rep-
resent an unwanted research variable. To prevent this,
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wild-caught animals should be screened for parasites
before being released into the general colony.

Public Health Considerations. The trypanosomes of
amphibians do not infect humans.

Enteric flagellates

Hexamastix ~and Monocercomonas. Morphology.
Hexamastix and  Monocercomonas are morphologically
similar to  Tritrichomonas, except that they lack an
undulating membrane and a costa'®!'.  Hexamastix
batrachorum (Syn. Polymastix batrachorum) measures 7 |
to 15.5 w long by 5 p to 10.5 p wide (Figure 8.2)'.
Monocercomonas  batra  chorum (Syn.  Eutrichomastix
batrachorum) measures 15 w long by 6 p wide (Figure
8.3)1°.

Hosts and Life Cycle. Hexamastix batrachorum is
common in the intestine of salamanders and newts in the
United States and Europe®'“1>1°. Monocercomonas batra-
chorum is also common in laboratory amphibians®'>. It
can be recovered from the large intestine of frogs, toads,
salamanders, and the red-spotted newt from the United

| I
Sp
Fig. 8.2 Hexamastix batrachorum. Reproduced from Honigberg,
B.M. and Christian, H.H. (1954) with permission.
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States, Europe, Asia, and Africa. The prevalence of this
organism has been reported to be as high as 77% in the
red-spotted newt in the eastern United States'4. Reproduc-
tion is by simple binary fission, and no cysts are formed.
The transmission of these organisms is direct.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been associated
with Hexamastix or Monocercomonas infections.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is made from a direct saline fecal smear. No treat-
ment has been described. A course of metronidazole can be
given if severe clinical disease in captive animals is attrib-
uted to these organisms. Wild-caught animals should be
screened for parasites before release from quarantine.

Public Health Considerations. Hexamastix and
Monocercomonas do not infect humans.

Hexamita spp. Morphology. Trophozoites of the genus
Hexamita are pyriform and bilaterally symmetrical, with
two nuclei, two axostyles, and six anterior and two poste-
rior flagella®. Trophozoites measure 10 p to 16 p long
(Figure 8.4).

Hosts and Life Cycle. Hexamita batrachorum is the
most common species of Hexamita isolated from labora-
tory amphibians®. It has been recovered from the large
intestine of frogs, toads, salamanders, and newts from the

— )
Smm

Fig. 8.3 Monocercomonas. Reproduced from Levine, N.D. (1961)
with permission.
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Fig. 8.4 Hexamita intestinalis. (Left) Trophozoite. (Right) Cyst.
Reproduced from Cheng, T.C. (1964) with permission.

United States. The prevalence of H. batrachorum in
dusky salamanders from the eastern United States is
429%"4. Hexamita intestinalis occurs in the large intestine
of frogs, toads, salamanders, newts, and the axolotls from
the United States, Europe, and Asia. The prevalence of
H. intestinalis in marbled salamanders from the eastern
United States has been estimated to be 38%'4. Reproduc-
tion is by simple binary fission. Some species form cysts.
The transmission of these organisms is direct.

Pathologic Effects and Clinical Disease. Heavy bur-
dens of Hexamita may cause inflammatory bowel disease,
resulting in diarrhea.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is made from a direct saline fecal smear.
No treatment has been described. A course of metronida-
zole can be given if severe clinical disease in captive animals
is attributed to these organisms. Wild-caught animals
should be screened for Hexamita before release from quar-
antine.

Public Health Considerations. Hexamita does not
infect humans.

Karotomorpha spp. Morphology. Karotomorpha spp.
are elongated, spindle shaped, and measure 12 . to 16 p
long by 2 . to 6 . wide®. There are two pairs of flagella at
the anterior end (Figure 8.5).
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Fig. 8.5 Karotomorpha bufonis. Reproduced from Hughes, R.C.
(1929) with permission.

Hosts and Life Cycle. Karotomorpha bufonis is the
most common species isolated from laboratory amphib-

614 and can be recovered from the rectum of the

ians
leopard frog, European toad, tiger salamander, palmate
newt, and axolotl from North America and Europe.
Karotomorpha swezyi occurs in the rectum of the leopard
frog, American toad, dusky salamanders, redspotted
newt, and California newt in the United States. Re-
production is by simple binary fission. Transmission
is direct.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been described
in amphibians infected with Karotomorpha spp.

Diagnosis, Treatment, and Prevention. Ante-mortem
diagnosis is made from a direct saline fecal smear. No treat-
ment has been described. A course of metronidazole can be
given if severe clinical disease in captive animals is attributed
to these organisms. Wild-caught animals should be screened
for Karotomorpha before release from quarantine.

Public Health Considerations. Karotomorpha does
not infect humans.
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Piscinoodinium spp. Morphology, Hosts, and Life
Cycle. The morphology of Piscinoodinium spp., members
of the phylum Dinoflagellata, is presented in Chapter 7,
Parasites of Fishes. Natural hosts include larval amphib-
ians'8. The life cycle is direct. The trophont stage attaches
to the skin or gill of the host and feeds via its attachment
device. Eventually the trophont stage detaches from the
host and forms a cyst with dinospores in the environment.
When the cyst ruptures, the dinospores swim (via a flagel-
lum) to an amphibian host, encyst, and develop into
trophonts.

Pathologic Effects and Clinical Disease. Piscinood-
inium can cause localized granuloma formation where the
trophonts encyst. Affected amphibians may have a “velvet-
like” or “gold-dust” appearance to their skin. Animals with
skin lesions may rub their body against hard surfaces in an
attempt to remove the parasites. In severe cases involving
the ventral patch, amphibians may develop osmoregula-
tory problems. Larval amphibians with gill parasitic infes-
tation of the gills may be dyspneic.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on identifying the protozoans
from skin scrapings or gill biopsies. Postmortem diagnosis
is based on identifying the parasites in skin and gill
biopsies. Providing amphibians with water of high quality
minimizes clinical outbreaks. Regular water changes are
required in cases where high organic loads accumulate.
Affected animals may be placed in distilled water baths
for two to three hours, or in salt water baths (10 to 25 g/L,
five to 30 minutes)". Providing good quality water and
adhering to quarantine and hygiene protocols reduces the
likelihood of transmitting these organisms.

Public Health Considerations. Piscinoodinium does
not infect humans.

Proteromonas spp. Morphology. Trophozoites in the
genus Proteromonas are pyriform, but more elongated than
those of other genera. They possess two flagella on the
anterior end, one directed forward and the other trailing
posteriorly (Figure 8.6)%2%-21,

Hosts and Life Cycle. Proteromonas longifila is the
most common species from the genus recovered from
laboratory amphibians®!® and is found in the rectum
of frogs, toads, salamanders, and newts from North
America, South America, and Europe. This parasite is
considered highly prevalent (89%) in the red-spotted
newt from the eastern United States'*. Reproduction is by
simple binary fission. No cysts are formed??. Transmission
is direct.
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Sp
Fig. 8.6  Proteromonas sp. Reproduced from Kudo, R.R. (1966) with
permission.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been described
in amphibians infected with Proteromonas spp.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is made from a direct saline fecal smear.
No treatment has been described. A course of metronida-
zole can be given if severe clinical disease in captive animals
is attributed to these organisms. Wild-caught animals
should be screened for Proteromonas before release from
quarantine.

Public Health Considerations. Proteromonas does
not infect humans.

Tetratrichomonas, Trichomitus, Tritrichomonas. Mor-
phology. The trichomonads belong to the order Tri-
chomonadida. 7Zetratrichomonas possesses four anterior
flagella, whereas Trichomitus and Tritrichomonas possess
three!!. All have an oval to pyriform body, an undulating
membrane, an axostyle that protrudes from the posterior
end, and a costa. Tetratrichomonas prowazeki measures
5.5 w to 22 w long by 3.5 W to 18.5 w wide. Trichomitus
batrachorum measures 6 W to 21 w long by 4 w to 20
wide, is ovoid, and has an axostyle without granules and a
V-shaped parabasal body (Figure 8.7). Tritrichomonas
augusta measures 15  to 27 w long by 5 @ to 13 p wide.
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Fig. 8.7 Trichomitus batrachorum. Reproduced from Honigberg,
B.M. (1953) with permission.

It is elongate and spindle-shaped, and has an axostyle that
contains dark-staining granules and a rod- or sausage-
shaped parabasal body'!?2%4,

Hosts. Tetratrichomonas prowazeki occurs in the
large intestine of frogs, toads, salamanders, newts, and
amphiumas from the United States, Europe, and South
America'V®. Trichomitus batrachorum has been recovered
from the large intestine of many species of frogs, toads,
salamanders, newts, and the axolotl throughout the
world® 1115212224 Tritrichomonas augusta is common in
the large intestine of frogs, toads, salamanders, newts, and
lizards from North, Central, and South America; Europe;
and Asia®'®. The prevalence of this parasite can be as high
as 100% in salamanders from the eastern United States'.

Life Cycle. Reproduction is by simple binary fission,
and no cysts are formed. The transmission of these organ-
isms is direct.

Pathologic Effects and Clinical Disease. The tri-
chomonads are rarely associated with pathology or clinical
disease. However, extremely heavy parasite burdens could
alter the intestinal microflora, resulting in diarrhea.
Tritrichomonas augusta has been associated with liver
lesions in the leopard frog®.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by examining direct saline fecal smears. No
treatment regimens have been described. A course of
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metronidazole (10 mg/kg SID, five to ten days) can be given
if severe clinical disease in captive animals is attributed to
these organisms. Wild-caught animals should be screened
for parasites before being released from quarantine.

Public Health Considerations. Trichomonads of
amphibians do not infect humans.

Class Sarcodina (amoebae)

Entamoeba ranarum

Morphology. Trophozoites of Entamoeba ranarum mea-
sure 10 p to 50 w in diameter. Cysts usually contain four
nuclei, but may contain up to 16 nuclei*?.

Hosts. Entamoeba ranarum is found in the intestine
of the leopard frog, green frog, bullfrog, grass frog, edible
frog, European toad, red-spotted newt, common newt,
and palmate newt from the United States, Europe, India,
and the Philippine islands®!®. It may also be found in the
liver and kidneys. This parasite can affect both adult and
larval amphibians.

Life Cycle. Reproduction is by binary fission®.
Before encysting, the trophozoite becomes round and
small. It produces a cyst wall and the nucleus divides twice,
producing four small nuclei. The quadrinucleate cyst is
passed in the feces, and when it is ingested by a suitable
host, an amoeba with four nuclei emerges. It divides sev-
eral times and produces small uninucleate amebas, each of
which develops into a trophozoite.

Pathologic Effects and Clinical Disease. Histori-
cally, E. ranarum has not been considered pathogenic in
captive amphibians®?°. However, mucosal damage can
occur with heavy infection. Renal infections have also been
reported in Bufo marinus”’. Affected amphibians develop
anorexia, weight loss, dehydration, and diarrhea. Frank
hemorrhage may be noted in the feces. When the kidneys
are involved, ascites or anasarca may develop.

Diagnosis. Antemortem diagnosis is based on the
microscopic demonstration of cysts and trophozoites in a
fecal sample®®. If erythrocytes and white blood cells are
also observed in the sample, than it is likely that the
E. ranarum is causing damage to the mucosal surface, and
should be considered pathogenic.

Treatment. Cases of clinical amoebiasis should
be treated with metronidazole. Recommended dosages
include: 10 mg/kg orally once per day for five to ten days;
50 mg/kg orally once per day for three to five days; and 100
to 150 mg/kg orally once, repeated in two to three weeks.
Care should be taken when using higher doses because these
can cause hepatic encephalopathy. Affected amphibians
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should be maintained on a moistened paper towel sub-
strate, to be changed daily, to reduce the likelihood of
recontamination. Amphibians that become clinically dehy-
drated should be rehydrated.

Prevention. Infections can be prevented by strict
attention to sanitation and by prophylactic treatment of
new arrivals®.

Public Health Considerations. Entamocba ranarum
does not infect humans.

Phylum Apicomplexa
Class Coccidia

Cryptosporidium spp.

The morphology of Cryprosporidium spp. is described in
the Chapter 15, Parasites of Rabbits. It is likely that all
amphibians are susceptible to infection with Cryptosporid-
ium. The life cycle is presumed to be direct. Gastritis and
enteritis were identified in a single case of cryptosporidio-
sis in an African clawed frog (Xenopus laevis)®®. Affected
amphibians may develop chronic weight loss, muscle atro-
phy, regurgitation, and diarrhea. At this time, there are no
effective treatments for cryptosporidiosis in amphibians.
Several chemotherapeutics have been used to control
infections in reptiles, but they are not curative. The best
method for preventing the introduction of Cryprosporid-
ium spp. into an amphibian colony is to cull positive ani-
mals from quarantine. Once established, it is impossible to
eliminate the infection. Animals should be quarantined for
a minimum of four weeks, and four serial (weekly) nega-
tive fecal examinations should be required before releasing
animals into the general colony. It is uncertain whether the
Cryptosporidium isolated from amphibians is infectious to
humans. Thus, animal workers should practice excellent
personal hygiene when working with animals known or
suspected to harbor Cryprosporidium.

Eimeria spp.
Morphology. Oocysts of Eimeria spp. are spherical to ovoid
and measure 14 . to 19 . long by 14 p to 17 . wide’!.

Hosts. Eimeria spp. have been recovered from a num-
ber of different anurans and urodelans®”!>3-34 Most
inhabit the intestine, although some may infect the kid-
neys and gall bladder.

Life Cycle. The life cycle is direct, and generally simi-
lar to the life cycles of mammalian Eimeria®'°. Oocysts may
sporulate while still in the intestine of some anurans. When
this occurs, animals within the same captive environment
can be infected immediately upon being exposed to the
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parasite. In other cases, sporulation occurs in the environ-
ment.

Pathologic Effects. Coccidia undergo schizogony
and gametogony in the epithelial cells of the intestine, gall-
bladder, bile duct, and kidneys. The damage associated
with these parasites is generally mild. However, enteritis or
nephritis may be noted histologically. The most severe dis-
ease would be expected to occur in juvenile or immuno-
compromised individuals.

Clinical Disease. Infection with Eimeria sp. is gener-
ally asymptomatic in adult amphibians. Clinical disease is
more likely to occur in juvenile or immunocompromised
animals. Affected animals may develop diarrhea or die
acutely. Dehydration is a common sequella to the diarrhea.

Diagnosis. Antemortem diagnosis is by finding
oocysts in the feces on a direct saline smear or a fecal flota-
tion. For identification of genus, unsporulated oocysts can
be sporulated in a 2.5% potassium dichromate solution.
Sporulation is generally complete within seven days. Post-
mortem diagnosis is made histologically.

Treatment. Treating captive amphibians for coccidial
infections can be difficult. Most available anticoccidials are
only coccidiostats, and thus only temporarily suppress
parasite reproduction. The author has used trimethoprim-
sulfadimethoxine (15 mg/kg orally for 14 to 21 days) with
good results. Other sulfa-based antibiotics may be equally
effective.

Prevention. Eimeria may be excluded from the
colony by culling animals that test positive in quarantine.
Once established, Eimeria is difficult to eliminate. Animals
should be quarantined for a minimum of four weeks, and
four serial (weekly) negative fecal examinations should be
required before introducing an animal into the colony.

Public Health Considerations. Eimeria of amphib-
ians do not infect humans.

Isospora spp.

Oocysts of Isospora are ovoid and measure 18 p to 23
long by 11 p to 20 p wide®'. The host range, life cycle, and
other aspects of the biology of Isospora in amphibians are
similar to Eimeria®> 153132, Most inhabit the intestine,
although some may infect the kidneys and gall bladder.

Erythrocytic coccidia

Morphology. Amphibians may become infected with sev-
eral genera of coccidia found in the blood of the host,
including hemogregarines (Hemogregarina, Hepatozoon),
lankesterellids (Lankesterella, Schellackia), and dactylosto-
mids (Babesioma, Dactylosoma). The forms found in the
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blood of laboratory amphibians vary with the stage of the
life cycle and the species of the host*?, and range in size
from 10 p to 17 p long by 2 . to 4 p wide. In the erythro-
cytes, hemogregarine and lankesterellid sporozoites are
generally banana-shaped, whereas the dactylostomids are
round.

Life Cycle. Reproduction for these parasites is both
sexual and asexual. For hemogregarines, merogony occurs
in the tissues and gametogony occurs in the erythrocytes.
An invertebrate, such as a leech or arthropod, serves as the
site for sporogony. Although the invertebrates may infect
amphibians when collecting a blood meal, this is not
always the case. Hepatozoon catesbeiana infects bullfrogs
(Rana catesbeiana) after the frog ingests an infected mos-
quito (Culex territans) containing sporocysts>. In contrast,
the entire life cycle of a lankesterellid occurs within the
amphibian host””. Merogony generally occurs in the tis-
sues (e.g., intestine, walls of the blood vessels) and sporo-
gony in the erythrocytes. Amphibians become infected
with lankesterellids when they ingest a sporozoite-infected
invertebrate or are fed on by leeches. Dactylostomids are
transferred to amphibians by leeches.

Pathologic Effects. Although usually considered
nonpathogenic®®%”-%, heavy infections sometimes cause
anemia®’. The presence of a coccidian in an erythrocyte
causes extreme distortion of the blood cell, including
nuclear displacement and cytoplasmic attenuation®’. The
number of erythrocytes affected varies up to 80% or
more®.

Clinical Disease. Packed cell volumes (PCV) in
amphibians are generally greater than 20%. Infection with
erythrocytic coccidia may result in critically low PCV of
less than 10%. Amphibians with high densities of parasites
and anemia are clinically ill. Affected animals may also be
lethargic, depressed, and have pale mucous membranes.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on detection of anemia and demonstration of the
parasite in Wright-Giemsa-stained blood smears®”. Treat-
ment is not recommended unless severe anemia (<10%) is
identified. Because of the potentially fragile nature of these
animals, prognosis in severe cases is grave. Culling poten-
tially infected animals during quarantine should prevent
the need to manage severe cases. These apicomplexans
should not be found in the modern animal facility because
they require an intermediate host to complete their life
cycle. Prescreening animals during quarantine may iden-
tify infected animals. Infected animals should be culled to
eliminate an unwanted research variable.
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Public Health Considerations. Erythrocytic coc-
cidia are not infective for humans.

Phylum Microspora

Morphology. The morphology of the microsporidia varies
with the stage of the life cycle®. Microsporidians measure
5 W to 20, and are pyriform in shape with a posterior vac-
uole. Schizonts contain up to eight nuclei. Small sporonts
have two to three nuclei but, when mature, may contain
up to 100 nuclei. Genera found in amphibians include
Pleistophora and Alloglugea. Pleistophora myotropica spores
are oval and measure 3.5 @ to 6.7 w long by 2 . to 3
wide. On one side of the anterior pole of each spore is a
small granule to which is attached a filament. When
extended, this filament is 80 p to 220 w long.

Hosts. Pleistophora myotropica is a parasitic micro-
sporidian that occurs in the skeletal muscle of the European
toad!>?? and has been reported in laboratory toads in Great
Britain®. Alloglugea bufonis is a microsporidian that infects
Bufo marinus tadpoles and toadlets™.

Life Cycle. The life cycles of the microsporidia are
direct. The life cycle of Pleistophora myotropica has been
outlined (Figure 8.8%). The sporoplasm is thought to
hatch in the gut and then migrate to the muscles by way of
the vascular system. Eighteen days later, granular bodies
are found in the muscle capillaries. The parasite multiplies
between 18 and 23 days—first by binary fission, then by
multiple fission, and finally by plasmotomy—until multi-
nuclear sporonts are formed. Separation into sporoblasts
precedes spore formation. Spores are released on the death
and decomposition of the host>*4!
ingestion of a contaminated invertebrate that acts as a
mechanical vector.

Pathologic Effects. Bufonids infected with P myotrop-
ica may have white streaks in their striated muscles
(Figure 8.9)%. Muscle atrophy may also occur. All stages
of the parasite are seen in sections of muscle. Xenoma for-
mation in the intestine, kidney, liver, and spleen may occur
with A. bufonis infections™.

Clinical Disease. Bufonids infected with P myorrop-
ica or A. bufonis may be anorectic or emaciated, or may die
suddenly. Atrophy of the muscles surrounding the long
bones may occur with 2 myotropica infection.

Diagnosis. Antemortem diagnosis is by identifying
spores in the feces of infected animals. Electron microscopy
is required to characterize the spores to the generic level.
Postmortem diagnosis is based on identification of xenomas

. Infection occurs by
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Fig. 8.8  Pleistophora myotropica, morphology and life cycle in skeletal muscle of a toad. (a) Sporoplasm hatches in the gut, (b) granular bodies form
in muscular capillaries, (c, d) and multiply first by binary fission, (e-g) then by multiple fission, (h, i) and finally by plasmotomy (j-n) until multinu-
clear sporonts are formed. (o) Separation into sporoblasts precedes (p, q) spore formation. Reproduced from Canning, E.U., Elkan, E., and Trigg, P1.

(1964) with permission.

at the time of gross necropsy and spores within the tissues
from histopathology.

Treatment. Microsporidian infections are difficult to
treat. In the laboratory setting, it is probably best to cull
infected animals. While animals are in quarantine, serial
fecal samples should be collected and tested to reduce the
likelihood of introducing these parasites into a colony.
Chloramphenicol and topical oxytetracycline hydrochloric
acid with polymyxin B have been used to suppress spore
formation, but do not eliminate the parasite®2.

Prevention. Quarantining recently acquired animals,
performing serial screening fecal samples, and obtaining
animals from reputable breeders or wild populations where
these parasites are not known to be endemic should be

done to prevent the introduction of these parasites into
captive amphibian colonies.

Public Health Considerations. Amphibian micro-
sporidia do not infect humans.

Phylum Myxozoa

In some areas, amphibians are susceptible to myxosporidi-
ans in the genera Chloromyxum and Myxidium. The spores
of these obligate parasites have polar capsules that are pyri-
form-shaped. The extent to which amphibians are exposed
and infected to these parasites is unknown. While infec-
tions may be locally common in some anurans, in general,
myxosporidial infections are not common in amphibians®.
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Fig. 8.9  Pleistophora myotropica infection in European toad. Spores
packed between muscle fibers appear as white lines. Courtesy of
E. Elkan, London.

The life cycles of the myxosporidians are indirect, typically
involving invertebrate intermediate hosts. Infection with
myxosporidians may cause severe, localized pathology in
the intestines, muscles, kidneys, and gonads. Amphibians
with heavy myxosporidian infections are generally anorec-
tic, lethargic, and depressed. In some cases, the animals are
found dead with no other history. Because the spores can be
found in a variety of tissues, more specific clinical signs may
occur based on the organ system involved.

Antemortem diagnosis can be made from squash
preparations of affected tissues, urine, or bile. The spores
have a polar capsule that is pyriform-shaped. Postmortem
diagnosis is based on the presence of the spores in tissues.
There is no known treatment for these parasites. Providing
appropriate husbandry is considered an important method
of reducing their spread. Disinfectants have been used to
control infections in fish facilities. The effectiveness of
these compounds for amphibian myxosporidian spores has
not been tested. Until more is known regarding the life
cycle of these parasites, it is difficult to make specific
recommendations regarding prevention. Quarantining
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Fig. 8.10 Balantidium duodeni. Reproduced from Kudo, R.R. (1966)

with permission.

animals and observing them for clinical signs consistent
with the disease provide the best opportunities to reduce
the likelihood of introducing these parasites. Myxosporidi-
ans from amphibians are not known to cause clinical dis-
ease in humans.

Phylum Ciliophora
Balantidium spp.

Morphology. The morphology of Balantidium spp. is typ-
ical of the phylum, and is described in Chapter 2, Biology
of the Protozoa. Two stages occur in the life cycle, tropho-
zoite and cyst. Balantidium spp. are oval, ellipsoidal, or
subcylindrical, and possess longitudinally arranged rows of
cilia. A peristome is located at or near the anterior end.
Balantidium entozoon, B. elongatum, and B. duodeni are the
species most likely to be encountered in laboratory
amphibians®!>. Balantidium entozoon and B. elongatum
measure 100 p to 300 w long, while B. duodeni measures
only 70 w to 80 w long (Figure 8.10).

Hosts. Balantidium entozoon has been recovered from
the intestine of the grass frog, edible frog, European toad,
common newt, and crested newt from Europe. Balantidium
elongarum occurs in the intestine of the grass frog, edible frog,
alpine newt, common newt, and crested newt from both
Europe and Asia. Balantidium duodeni occurs in the intestine
of the grass frog and edible frog in Europe and Asia.



128

Life Cycle. The life cycle is direct. Reproduction is by
conjugation and binary fission.

Pathologic Effects and Clinical Disease. Balantidium
are not considered pathogenic. However, changes in the
microbial flora associated with dietary changes, antibiotics,
and stress could result in increased numbers of ciliates,
possibly resulting in localized enteritis. Affected animals
may be anorectic and develop diarrhea.

Diagnosis. Antemortem diagnosis is based on identi-
fying the protozoans in a direct saline smear of the feces.
Balantidium should not be confused with the opalinids.

Treatment. In cases where clinical disease is present,
metronidazole (10 to 20 mg/kg orally once per day for
seven to ten days) may be used.

Prevention. Infections may be minimized by strict
adherence to quarantine and hygiene protocols. Minimiz-
ing stress in the captive environment is also important.

Public Health Considerations. Balantidium of
amphibians do not infect humans.

Cepedietta spp.
Morphology. Cepedietta (Syn. Haptophrya) trophozoites

possess an elongated, uniformly ciliated body with an
anterior circular sucker and a long contractile canal>?44.
No cyst is formed. Cepedietta michiganensis and C. gigan-
tean are the species most likely to be encountered in labo-
ratory amphibians®'. Cepedietta michiganensis measures
1.1 mm to 1.6 mm long, while C. gigantean measures
1.3 to 1.6 mm long,.

Hosts and Life Cycle. Cepedietta michiganensis has
been recovered from the intestine of the leopard frog, wood
frog, and American toad, and is also common in the Jefferson
salamander, marbled salamander, dusky salamander, and
axolotl in the United States. Cepedietta gigantean occurs in
the intestine of the frogs and toads in Europe and Africa,
and the slimy salamander (Plethodon glutinosus) in the
United States'. The life cycle is direct. Cepedietta multiplies
by budding, and often occurs as a chain of individuals.

Pathologic Effects and Clinical Disease. Cepedietta
are not considered pathogenic. However, as for Balantid-
ium, changes in the intestinal environment may result in
overwhelming parasite burdens, which could cause local-
ized enteritis. Thus, affected animals may be anorectic and
develop diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Balantidium.

Public Health Considerations. Cepedietta do not

infect humans.
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Fig. 8.11 Nyctotheroides cordiformis. Reproduced from Wenyon,
C.M. (1926) with permission.

Nyctotheroides spp.

Morphology. Nyctotheroides (Syn. Nyctotherus) possess a
flattened body, kidney-bean shaped macronucleus, small
micronucleus, compound buccal cilia, long curved
infundibulum, and a posterior contractile vacuole®?>%.
This protozoan measures 60 w to 190 w in length and
30 w to 60 p wide (Figure 8.11).

Hosts and Life Cycle. Nyctotheroides cordiformis has
been recovered from the intestine of the leopard
frog, green frog, bullfrog, grass frog, wood frog, pickerel
frog, edible frog, cricket frog, European treefrog, green
treefrog, spring peeper, chorus frog (Pseudacris), American
toad, European toad, red-spotted newt, and California
newt®!%. The life cycle is direct. Reproduction is by conju-
gation and binary fission. It is uncertain whether cysts are
formed.

Pathologic Effects and Clinical Disease. Nyctother-
oides are not considered pathogenic. However, as for
Balantidium, changes in the intestinal environment may
result in overwhelming parasite burdens, which could
cause localized enteritis. Thus, affected animals may be
anorectic and develop diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Balantidium.

Public Health Considerations. Nyctotheroides do not

infect humans.
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Trichodina spp.

Morphology. Trichodina possesses a bell-shaped body with
a highly developed basal adhesive disc, a skeletal ring with
radially arranged denticles, and an adoral zone of cilia
arranged in a spiral>#8, Trophozoites measure 35 p to
60 w in diameter and 25 . to 55 p in height (Figure 8.12).
Hosts. Trichodina urinicola, T. pediculus, and T. fultoni
are the species most likely to be encountered in laboratory
amphibians*®>4 48 Tijchodina urinicola occurs in the uri-
nary bladder of the edible frog, toads, and newts in North
America, Europe, and Africa. Trichodina pediculus occurs
on the skin of the edible frog and other frogs in North
America, Europe, and Asia. Trichodina fultoni occurs on the
gills of mudpuppies in the United States.
Life Cycle. The life cycle is direct. Asexual reproduction
is by binary fission and sexual reproduction by conjugation®.
Pathologic Effects. 7richodina are typically nonpatho-
genic. However, poor water quality, in combination with
high densities of amphibians and protozoans, can result in
disease. The pathology associated with this genus of protozoa
in amphibians is similar to that described in fish. Affected
animals may develop dermatitis. Larval amphibians may
develop inflammatory changes at the levels of the gills.
Clinical Disease. Amphibians with dermatitis may rub
their body against a hard surface in an attempt to remove the
parasites. Excessive mucus production gives affected animals
a white-gray appearance, and frequently occurs in response
to the irritation caused by the parasites. Larval amphibians
with parasites in the gills may be dyspneic.
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Fig. 8.12  Trichodina urinicola. Reproduced from Corliss, J.O. (1959)

with permission.
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Diagnosis. Antemortem diagnosis is based on identi-
fying the protozoans from skin scrapings or gill biopsies.
Postmortem diagnosis is based on identifying the parasites
in skin and gill biopsies.

Treatment. Providing amphibians with good quality
water is important for minimizing the risk of clinical disease.
Regular water changes are required in cases in which high
organic loads accumulate. Affected animals may be placed
in distilled water for two to three hours, or in salt baths
(10 to 25 g/L) for five to 30 minutes'”.

Prevention. Disease may be prevented by providing
high quality water and adhering to quarantine and hygiene
protocols.

Public Health Considerations. Trichodinids are not

infectious to humans.
Opalina spp.
Morphology. Opalina spp. are flattened and oval and pos-

sess several nuclei. There is no cell mouth. The species
most likely to be encountered in the laboratory are
O. obtrigonoidea and O. ranarum. Opalina obtrigonoidea is
the larger species, measuring 400 p to 840 w long by
175 w to 180 p wide; while O. ranarum measures approxi-
mately 300 p long (Figure 8.13).

Fig. 8.13
permission.

Opalina. Reproduced from Corliss, J.O. (1959) with
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Hosts. Opalina obtrigonoidea has been recovered from
the intestine of the leopard frog, wood frog, pickerel frog,
green tree frog, spring peeper, cricket frog, chorus frog,
and American toad from the United States. Opalina
ranarum is also found in the intestine of anurans (grass
frog, edible frog, European tree frog, European toad) and
urodelans (alpine newt), but is only found in Europe.

Life Cycle. The life cycle is direct. The adult stage, or
trophont, is located in the intestine of the amphibian, and
reproduction is by simple binary fission. During the host’s
breeding cycle, some of the trophonts divide without
growth, forming tomonts. These tomonts can encyst and
pass with the feces. Larval amphibians, such as tadpoles,
consume the tomonts. A sexual phase of reproduction can
occur in the tadpole, eventually leading to the develop-
ment of zygocysts. The zygocysts pass in the feces of the
tadpole. If a metamorphosing tadpole consumes the zygo-
cysts the life cycle is completed, and trophonts develop in
the intestine of the adult frog.

Pathologic Effects and Clinical Disease. Neither
pathologic lesions nor clinical signs have been described.
Opalina feeds via pinocytosis, and is not considered to
compete for nutrition with the host.

Diagnosis, Treatment, and Prevention. Diagnosis is
by direct saline fecal smear. Treatment is generally not war-
ranted. Wild-caught animals should be quarantined and
screened for infection before being released into the colony.

Public Health Considerations. Opalina does not

infect humans.
Protoopalina spp.

Morphology. Protoopalina spp. are cylindrical or spindle-
shaped and have two nuclei. There is no cell mouth. The
species most likely to be encountered in the laboratory are
P intestinalis and P mitotica. Protoopalina intestinalis mea-
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sures 330 w long by 68 w wide (Figure 8.14), while
P mitotica measures 300 p long by 37 p wide.

Hosts and Life Cycle. Protoopalina intestinalis has
been recovered from the intestine of the grass frog, edible
frog, European treefrog, toads, common newt, and palmate
newt from Europe, Africa, and Australia. Protoopalina
mitotica has a narrower host distribution, and has been iso-
lated from the intestine of the tiger salamander from the
central United States. The life cycle is direct, and is similar to
that of Opalina.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been reported in
amphibians infected with Prozoopalina spp.

Diagnosis, Treatment, and Prevention. These
aspects are as described for Opalina.

Public Health Considerations. Protoopalina does
not infect humans.

TREMATODES

Order Monogenea
Gyrodactylus spp.

Morphology. Adult Gyrodactylus elegans measures 500
to 800 p long>">2. The anterior tip is bilobed. Gyrodactylus
does not have eye spots, and an anterior sucker may or may
not be present”>>>*. The posterior attachment organ, or
haptor, often has two central hooks and is surrounded by
16 small hooklets (Figure 8.15).

Hosts. Gyrodactylus spp. is an important monogenetic
trematode pathogen of fishes, but is also commonly found
on the skin of adult aquatic amphibians and the gills of
larval amphibians®3'5¢. Gyrodactylus are generally host-
specific, although G. elegans and G. ensatus may share
hosts®. Some species of Gyrodactylus that are primary

Fig. 8.14 Protoopalina intestinalis. Reproduced from Wenyon, C.M. (1926) with permission.
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O.Imm
Fig. 8.15 Gyrodactylus elegans adult. Reproduced from Hoffman,
G.L. (1967) with permission.

parasites of fishes may use amphibian larvae as paratenic
hosts’. The incidence of Gyrodactylus in adult and larval
captive anurans and urodelans is unknown, but may be
high among wild populations or captive animals main-
tained at high density with poor water quality.

Life Cycle. The life cycle is direct. Adult Gyrodactylus
are viviparous. Larvae develop within the uterus of the
adult, and may themselves have larvae developing within
them (serial polyembryony). Thus, large numbers of para-
sites may develop within the host. Larvae released into the
environment swim until they locate a new host, where they
attach to the skin or gills, and develop into adults’'.
Gyrodactylus is an obligate parasite and cannot survive
more than 20 minutes unattached’!.

Pathologic Effects. Gyrodactylid flukes attach to the
gills, fins, and skin of larval anurans and urodelans, and to
the skin of adult anurans and urodelans. Heavy infesta-
tions on the gills can cause severe inflammation, reducing
the surface area for respiratory exchange. In severe cases,
larval tadpoles and urodelans may succumb to asphyxia-
tion. Damage caused along the integument can lead to a
failure of the innate immune system and allow opportunistic
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bacterial and fungal pathogens to invade. Gyrodactylid
flukes ingest blood from the superficial capillaries and
epithelium lining the gills and skin>"’.

Clinical Disease. Tadpoles and larval urodelans
infested with gyrodactylids may be found gasping for air at
the water surface because of an inability to transfer oxygen
and excrete carbon dioxide at the gills. Because the gills of
larval urodelans can be observed directly, they may appear
swollen and covered with mucous. Increased mucous is
often observed on the integument of amphibians with
gyrodactylid infestations of the skin. Affected animals
appear pruritic and may rub on hard surfaces within an
enclosure in an attempt to dislodge the parasites.

Diagnosis. Gyrodactylid infestations can be diag-
nosed cytologically. A gill clip/biopsy can be collected
from larval urodelans antemortem. A fine pair of iris scis-
sors should be used to clip a sample of the gill. Internal gill
samples from tadpoles are generally collected at post-
mortem. A glass slide can be used to perform a skin scrape
in amphibians when a skin infestation is suspected. The
glass slide should be placed cranial to the lesion and drawn
caudally. Once collected, the samples should be placed on
a glass slide with a drop of water from the enclosure from
which the patient was removed. A coverslip is applied and
the specimen examined under light microscopy.

Treatment. Because gyrodactylid trematodes are vivip-
arous, both larval and adult forms of the parasite can be
eliminated with water bath treatments. In addition,
because this parasite can generally only survive off hosts for
a short period of time, treatment may include water baths
for the animals outside of the primary enclosure, with
replacement into a new enclosure. Praziquantel is the treat-
ment of choice. Bathing amphibians in a 10 mg/L water
bath for three hours has been found to be effective’. Addi-
tional treatments can be given if a single treatment does not
eliminate the parasites. Because these parasites commonly
infest fishes, treatments used to eliminate them from fishes
can also be considered for amphibians. Formalin baths are
routinely used to eliminate these parasites from fishes (200
to 250 ppm for one hour), and have also been used by some
to eliminate them from amphibians (formalin: 1.5 ml/L,
10 minutes, repeat weekly for three treatments)°.

Prevention. To prevent the introduction of gyro-
dactylids into a laboratory colony, animals should only be
accepted from approved, licensed breeders. New arrivals
should be quarantined and skin scrapes evaluated to deter-
mine carrier status. Water samples can also be collected,
centrifuged, the supernatant poured off, and the sediment
evaluated for the presence of free-swimming gyrodactylids.
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Public Health Considerations. Gyrodactylids do

not affect humans.

Polystoma spp.

Morphology. Adult polystome trematodes vary in size and
morphology, depending on whether they are located in the
bladder or on the gills’®. Those found in the bladder
measure 250 to 450 p long and 90 to 150 p wide, while
those found on the gills measure 160 . to 500 w long and
30 w to 80 w wide. The bladder form has a cordiform
caudal disc with six cup-shaped, muscular suckers and two
large hooks. The gill form has a caudal disc with six pedun-
culated suckers and only rudimentary hooks, if any
(Figure 8.16). The larva is just slightly smaller than the
adult is partly covered with cilia, and has four eye spots
and a posterior sucker with 16 hooks. The eye spots are
used to identify new hosts, and the cilia are used to assist
the fluke in swimming to the tadpole. Eggs produced by
both species of polystomes are ovoid and measure approxi-
mately 30 w to 150 p long.
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Fig. 8.16 Polystoma nearticum. (Left) Adult from bladder. (Right)
Adult from gills. Reproduced from Paul, A.A. (1938) with permission.
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Hosts. Polystome trematodes are the most common
monogenetic trematodes of amphibians'>?,
primarily associated with anurans and less commonly with
urodelans. Polystomes generally invade the gills of larval
amphibians and the urinary bladders of adult amphibians.
Polystoma nearcticum is found in North America and
affects treefrogs®®. Polystoma integerrimum is found in
Europe, Asia, and Africa, and affects frogs, treefrogs, and
toads®1%%. The incidence of infections in anurans is gen-
erally considered low. In one survey of grassfrogs in Great
Britain, 12.5% were found to be infected®'. Young male
frogs are most susceptible, and the rate of infection is
highest in the autumn.

Life Cycle. Adult flukes are located in the urinary
bladder. Egg laying coincides with the spawning period of
the host to maximize the likelihood of providing a ready
source of tadpole hosts for newly emerged larvae
(oncomiracidium)>%8. The incubation period for the eggs
is approximately two weeks. Egg development can be
altered by exposure to both light and temperature®?. Eggs
exposed to alternating light and darkness only hatched in
the light. This appears to be related to the need for the
oncomiracidium to use their eyespots to identify potential
hosts. Eggs hatched at 10°C required a longer incubation
time (approximately one month) compared to those eggs
hatched at 18°C. Once hatched, the free-swimming
oncomiracidium attach to the gills of a tadpole. After a
three-week maturation period, the flukes on the gills begin
to lay eggs. The larvae produced from the gill stage infect
the urinary bladder. It is not known how the larvae enter
the bladder, but it is thought that they are ingested and
passed through the gastrointestinal tract where they enter
the bladder through the urodeum, or directly enter the
vent and migrate through the urodeum to the bladder.
Once in the bladder, the flukes remain with the host
through metamorphosis and mature at the same time as
the host. Thus, there is an alternation of generations, one
requiring three weeks, one requiring three years.

Pathologic Effects and Clinical Disease. Polystoma
feed on blood from the gills and urinary bladder’'. How-
ever, they do not appear to cause significant disease.

Diagnosis. Polystomes, like gyrodactylids, can be
diagnosed cytologically. Diagnosis is generally made at
postmortem from a gill biopsy of a tadpole or from a biopsy
of the urinary bladder from a tadpole or adult anuran.

Treatment. Although there are no reports of amphib-
ians being treated for Polystoma infection, formalin
(1.5 ml/L, ten minutes, repeat weekly for three treatments)

and are
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or praziquantel water baths (10 mg/L, three hours) would
likely be effective’.

Prevention. The best method to prevent the intro-
duction of these parasites into a laboratory colony of
amphibians is to only accept animals from approved,
licensed breeders. New arrivals should be quarantined.
Water samples can also be collected, centrifuged, the
supernatant poured off, and the sediment evaluated for the
presence of free-swimming oncomiracidium.

Public Health Considerations. Humans are not sus-
ceptible to infection with polystomes.

Sphyranura spp.

Morphology. Adult Sphyranura measure 2.5 mm to 3 mm
long!%%3, The haptor is comprised of two large muscular
suckers, two large hooks, seven small hooks on each side,
and one hook in each sucker. Five to 23 testes are usually
arranged linearly between the intestinal branches. The
ovary is ovoid and is located just anterior to the center of
the body (Figure 8.17).

Hosts. Sphyranura  oligorchis, S. polyorchis, and
S. osleri are common on the gills of the mudpuppy in
North America®'4!>. Although there are no specific
reports of these parasites in the laboratory, they are proba-
bly common on mudpuppies obtained from the wild.

O0.5mm

Fig. 8.17 Sphyranura adult. OV, ovary; TES, testes; UT, uterus.
Reproduced from Cheng, T.C. (1964) with permission.
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Life Cycle. Adult Sphyranura parasitize the gills of
their host. The flukes are oviparous. After the eggs are laid,
they settle in the substrate and hatch after 28 to 32 days®.
The larvae have two different modes of locomotion: creep-
ing or using their caudal disc to swim. Larvae must find a
host within a few hours of hatching to survive. The larva,
like the adult flukes, parasitize the gills. Once the larvae
are attached to the gill, they require approximately two
months for development to adults.

Pathologic Effects. Sphyranura ingest blood from the
branchial circulation®®. Heavy parasite burdens damage
the gill filaments. In severe cases, excessive mucus produc-
tion and mechanical damage lead to dyspnea and asphyxi-
ation.

Clinical Disease. The clinical presentation for mud-
puppies infested with Sphyranura spp. depends on parasite
burden. Animals with low parasite burdens may be asymp-
tomatic, while animals with heavy burdens develop
respiratory distress. In severe cases, affected animals gasp at
the surface of the water.

Diagnosis, Treatment, and Prevention. Diagnosis is
by cytologic identification of parasites on gill biopsy. To
date, no treatment methods have been described. Because
praziquantel baths (10 mg/L for three hours) have been
found to be effective against other monogenean flukes, this
treatment may also be effective against Sphyranura’. No
control methods have been described. The best method to
prevent the introduction of these parasites into a labora-
tory colony of mudpuppies is to only accept animals from
approved, licensed breeders. New arrivals should be quar-
antined. Gill biopsies can be performed to screen animals,
although the sensitivity of this procedure may not be high
with low parasite burdens. Water samples can also be col-
lected, centrifuged, the supernatant poured off, and the
sediment evaluated for the presence of the flukes.

Public Health Considerations. Sphyranura does not
affect humans.

Order Digenea
Adult Trematodes

Brachycoelium salamandrae

Morphology. Adult Brachycoelium salamandrae measure
3 mm to 5 mm in length. Adults have short intestinal cecae
that end at the level of the ventral sucker (Figure 8.18)°>%.
The testes are rounded and symmetrical, while the ovary is
anterior to the left testis. The uterus has long, folded,
descending and ascending limbs and fills the posterior part
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O0.5mm

Fig. 8.18  Brachycoelium salamandrae adult. Reproduced from Dawes, B.
(1946) with permission.

of the body. The genital pore is anterior to the ventral
sucker. Vitellaria are confined to the anterior region. The
eggs are light brown and measure 45 p to 50 w by 32 . to
36 . long.

Hosts. Brachycoelium salamandrae has a cosmopolitan
distribution, and is one of the most common intestinal
trematodes of amphibians'#1>0>6, Infections have also
been reported in reptiles. Brachycoelium salamandrae has
been isolated from wood frogs, pickerel frogs, cricket frogs,
chorus frogs, green treefrogs, spring peepers, toads, mole
salamanders, dusky salamanders, woodland salamanders
(Plethodon spp.), red-spotted newts, and amphiumas from
North America, and from grass frogs, European toads,
European salamanders, and newts from Europe®!6:°.
Terrestrial salamanders are more commonly infected than
aquatic salamanders or frogs'4. The prevalence of this
parasite in amphibians from the eastern United States is
variable and has been found to range from 11% to
1000/014,66,67,68'

Life Cycle. The life cycle requires a mollusk interme-
diate host®!”. The cercariae and metacercariae develop in
the snail. The amphibian host becomes infected after
ingesting an infected snail.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of B. salamandrae. Infected
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amphibians are asymptomatic. Animals with heavy bur-
dens may become obstructed or develop diarrhea.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs on a fecal flota-
tion. Postmortem diagnosis is by demonstrating flukes
in the intestines at necropsy. Although no treatment has
been described, praziquantel (8 to 14 mg/kg orally every
14 days for three treatments) may be used. Because of the
need for a mollusk intermediate host, it is unlikely that the
life cycle would be completed in the laboratory.

Public Health Considerations. Brachycoelium sala-
mandrae does not infect humans.

Diplodiscus spp.

Morphology. Adult trematodes measure 6 mm in length
and 2.2 mm in thickness'>17%. These flukes are conical
rather than flat. All species have a well-developed oral
sucker (which has a pair of posterior diverticula) and a
large, terminal posterior sucker. Mature forms have only
one testis®*.

Hosts. Diplodiscus spp. have been isolated from the
large intestine of amphibians®®. Diplodiscus subclavatus
(Syn. Opisthodiscus subclavatus) is common in Europe,
Africa, Asia, Australia, and New Zealand, and has been
isolated from the large intestine of grass frogs, edible frogs,
treefrogs, European toads, clawed toads, European sala-
manders, and newts®°°, Diplodiscus japonicus infects the
large intestine and cloaca of frogs from Asia, and is the
most common trematode of amphibians from Japan®!5-%°.
Diplodiscus unguiculatus infects the rectum of newts while
D. diplodiscoides is found in the large intestine of edible
frogs in Europe®®.

Life Cycle. The life cycle is indirect, and involves a
snail intermediate host. In addition, the amphibian itself
or another amphibian may serve as a second intermediate
host®17:63:66.69 - Adult amphibians pass embryonated eggs
in the feces. After hatching, larval flukes enter a snail and
develop into cercariae. This stage of the life cycle requires
approximately 90 days. Cercariae escape from the snail and
encyst as metacercariae in the skin of larval or adult
amphibians. Adult amphibians generally become infected
from ingesting their sloughed epithelium. Larval amphib-
ians, and possibly adults, can also become infected by
ingesting cercariae. In these cases, cercariae encyst in the
mouth, pass to the intestine, excyst, and remain there
through metamorphosis. The prepatent period for those
animals that ingest cercariae is approximately two to three
months. Adult trematodes survive for about a year.
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Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of Diplodiscus spp. How-
ever, heavy burdens may cause localized inflammatory
responses. Affected amphibians are asymptomatic.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs on a fecal flotation
or urine sample. Postmortem diagnosis is by demonstrat-
ing flukes at necropsy. Treatment recommendations are as
described for Brachycoelium salamandrae. Because of the
need for an intermediate host, the completion of the life
cycle in the laboratory is unlikely.

Public Health Considerations. Diplodiscus spp. do

not infect humans.

Dolichosaccus rastellus

Morphology. Adult Dolichosaccus are oval, wide, and mea-
sure 2 mm to 4 mm long and 0.8 mm to 1.2 mm wide>>.
The testes are at the posterior end of the body and the
uterus anterior to them; the vitellaria extend beyond to
level of the testes®4¢,

Hosts. Dolichosaccus rastellus (Syn. Lecithopyge rastel-
lum) is a common intestinal trematode of European
amphibians'® including edible frogs, grass frogs, European
toads, European salamanders, and several species of newts.
It is the predominant species in Great Britain, where an
8% incidence has been observed in grass frogs obtained
from their natural habitat®!.

Life Cycle. The life cycle requires two intermediate
hosts'>. A gastropod serves as the first intermediate host,
while an insect or possibly a tadpole serves as the second
intermediate host. The final host becomes infected by
ingesting the insect or tadpole.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of D. rastellus. Amphibians
infected with D. rastellus are generally asymptomatic. Heavy
burdens could result in intestinal obstruction or diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating parasites in the intestine at necropsy.
Although no treatment has been described, praziquantel
(8 to 14 mg/kg orally every 14 days for three treatments)
may be used. Because of the need for a mollusk and an
insect as intermediate hosts, it is unlikely that the life cycle
of these trematodes would be completed in captivity.

Public Health Considerations. Dolichosaccus spp. do
not infect humans.

Glypthelmins spp.
Morphology. Adult Glypthelmins pennsylvaniensis measure
1.8 mm long by 0.6 mm wide”®. The ovary is posterior to
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Fig. 8.19  (Left) Ghprhelmins pennsylvaniensis adult. (Right) G. guieta
adult. (Left) reproduced from Cheng, T.C. (1961) with permission.
(Right) reproduced from Skrjabin, K.I. (1964) with permission.

the acetabulum, and the testes are arranged obliquely in
the posterior half of the body. Ghjprhelmins quieta is similar
in size and morphology, but the ovary is anterior to the
acetabulum, and the testes are more anterior and are situ-
ated side by side (Figure 8.19).

Hosts. Glypthelmins pennsylvaniensis occurs in the
intestine of spring peepers, bullfrogs, and chorus frogs
(Pseudacris) in the United States; G. guieta occurs in the
intestine of leopard frogs, green frogs, pickerel frogs,
bullfrogs, chorus frogs, spring peepers, and toads in the
United States, Mexico, South America, and Asia®¢¢:6871,
The prevalence of infection with G. pennsylvaniensis varies
with species and range, with a 10% to 15% prevalence of
infection in chorus frogs from the western United
States, 30% prevalence in bullfrogs, and 18% prevalence
in spring peepers from the northeastern United States.

Life Cycle. The life cycle is similar for both species
and involves a snail intermediate host’®”2. Free-swimming
cercariae escape from the snail, penetrate the skin of the
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definitive host (anuran), encyst, and form metacercariae.
The metacercariae are sloughed during ecdysis, the shed
skin is ingested by the anuran, and the flukes complete the
life cycle and become adults in the intestine.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of these flukes. Affected
anurans are generally asymptomatic. Animals with heavy
burdens could develop diarrhea.

Diagnosis, Treatment, and Prevention. Fecal flota-
tion or direct saline smear can be used to demonstrate
fluke eggs in the feces of infected anurans. Postmortem
diagnosis is by demonstration of the parasites in the skin or
intestine at necropsy. Treatment options are as described
for Dolichosaccus rastellus. Because of the need for a snail
intermediate host, it is unlikely that the life cycle would be
completed in the laboratory.

Public Health Considerations. Glypthelmins spp. do

not infect humans.

Gorgodera spp.

Morphology. Gorgodera amplicava is typical of the genus.
Adults measure about 4 mm in length. There is both an oral
sucker and a large ventral sucker’®. A pharynx is lacking,
the esophagus is short, and the cecae are simple and termi-
nate at the posterior end. Testes are numerous, round or
irregular in shape, and arranged in two rows or one zigzag
row. The genital pore is median or slightly submedian. The

| mm

Fig. 8.20 Gorgodera amplicava adult. Reproduced from Goodchild,
C.G. (1948) with permission.
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ovary is submedian, and the vitellaria are compact or lobed
and paired (Figure 8.20). Eggs are non-operculated and
embryonated when passed.

Hosts. Gorgodera spp. have a cosmopolitan distribu-
tion, and are found in the excretory systems of amphib-
ians®7>74. Gorgodera amplicava is commonly found (35%)
in the bullfrog in the southern United States”. Infections
are also common in urodelans.

Life Cycle. The life cycle is indirect’*. Eggs passed
by adults hatch upon reaching water. They are drawn into
the mantel of a clam, enter through the gills, and develop
into cercariae. Cercariae are ingested by frog tadpoles,
salamander larvae, snails, or crayfish, and develop into
metacercariae within 24 hours. In tadpoles, Gorgodera spp.
generally encyst in the intestine’. The final host, an adult
amphibian, becomes infected by ingesting the second
intermediate host. After excysting in the stomach or
intestine, larval flukes migrate down the alimentary tract
into the cloaca, where they enter the urodeum and
eventually the reproductive and excretory ducts. They
remain in the ducts for approximately two weeks and
then migrate to the urinary bladder and/or the kidneys,
where they mature to adults in three weeks to two
months.

Pathologic Effects and Clinical Disease. Generally,
problems only arise with heavy trematode burdens’.
Migrating larvae may cause tissue damage. Heavy renal
fluke burdens result in renal tubule and duct occlusion and
renal impairment. Most amphibians with low parasite bur-
dens are asymptomatic. However, anorexia, listlessness,
and death are common clinical findings in amphibians
with heavy infections.

Diagnosis, Treatment, and Prevention. Diagnosis
is by demonstration of flukes in the kidneys or urinary
bladder at necropsy. Antemortem diagnosis can be made
from a fecal examination or cloacal wash. While treatment
may result in death in the flukes, the deteriorating para-
sites may cause vascular obstruction, leading to tissue
necrosis. Anti-inflammatory drugs may be used to mini-
mize harmful reactions to dying parasites. Some have
suggested that digenetic flukes may be managed with
praziquantel (8 to 14 mg/kg orally every 14 days for three
treatments)’. However, this dosing regimen is empirical.
Because of the need for a mollusk intermediate host, it is
unlikely that the life cycle could be completed in the
laboratory.

Public Health Considerations. Gorgodera spp. do

not infect humans.
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Gorgoderina spp.

Flukes in the genus Gorgoderina are morphologically,
biologically, and pathologically similar to Gorgodera®®.
Gorgoderina vitelliloba has been reported in 11.8% of grass
frogs from Great Britain®!, while G. bilobata has been
isolated from up to 16.5% of dusky salamanders and 7.3%
of red-spotted newts in the southeastern United States'“.
Gorgoderina sp. encysts in the heart and liver of tadpoles’.
Diagnosis, treatment, and prevention are as described for
Gorgodera. These flukes do not affect humans.

Haematoloechus spp.

Morphology. Adult Haematoloechus spp. have a flattened
body with a densely spined cuticle. Adult flukes measure
8 mm long by 1.2 mm wide®”%%4, The testes are oval and
situated in the posterior one-third of the body. The ovary is
elongate, smaller than the testes, and located in the middle
third of the body. The genital pore is near the cecal bifurca-
tion. Vitellaria are arranged in rosette-like configurations
or clusters (Figure 8.21).

Hosts and Life Cycle. More than 40 species of
Haematoloechus have been isolated from the lungs of anu-
rans throughout the world®:%, The life cycle is indirect,
and involves both snail and insect intermediate hosts®.
Embryonated eggs deposited by the adult in the lung cavity
pass up the respiratory tract to the mouth in the sputum,
are swallowed, and are voided in the feces. The eggs do not

Fig. 8.21 Haematoloechus adult. Reproduced from Cheng, T.C.
(1964) with permission.
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hatch until they are ingested by a snail. Cercariae develop in
the snail, are released, and are ingested by an insect. The
frog or toad becomes infected by ingesting the insect.

Pathologic Effects and Clinical Disease. Litte is
known of pathologic effects induced by Haematoloechus spp.
Heavy burdens may cause severe anemia'®, and are known to
occur in anurans, with as many as 75 flukes being observed
in a single frog®. Affected animals may become lethargic and
weak due to anemia, and may die suddenly. Post-treatment
mortality may be caused by pulmonary emboli.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis can be made from identifying eggs on a
fecal flotation. Postmortem diagnosis is based on demon-
stration and identification of the flukes in the lungs at
necropsy. Treatment recommendations are as described for
Brachycoelium salamandrae. Because of the need for two
intermediate hosts, it is unlikely that the life cycle would
be completed in the laboratory.

Public Health Considerations. Haematoloechus spp.
does not infect humans.

Halipegus spp.

Morphology. Adult Halipegus measure 6 mm to 6.5 mm
57,64

long and 1.8 mm wide®”**. The adult flukes are conical

Fig. 8.22 Halipegus adult. Reproduced from Skrjabin, K.I. (1964)

with permission.
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rather than flat. The ventral sucker is near the middle of
the body. The testes are in the posterior one-third of the
body, and the ovaries are posterior to the testes. Two com-
pact vitellaria are present and they are posterior to the
ovary (Figure 8.22).

Hosts. Halipegus spp. inhabit the mouth, ear canals,
pharynx, stomach, or intestine of frogs, toads, and
occasionally reptiles®®®. Halipegus eccentricus, H. occidualis,
and H. amberstensis occur in North America. Halipegus
eccentricus is found in the ear canals of leopard frogs, green
frogs, and bullfrogs; H. occidualis is found in the mouth, ear
canals, and pharynx of leopard frogs, green frogs, and bull-
frogs; and H. amberstensis is found in the mouth and ear
canals of green frogs and bullfrogs. Halipegus ovocaudatus
has been isolated from the mouth of edible frogs, grass
frogs, and toads from Europe and southern Africa.

Life Cycle. The life cycle involves two intermediate
hosts, a snail and a copepod or insect®®8. Eggs deposited
by the adult trematode pass through the alimentary tract
and are voided with the feces. The eggs are ingested by a
snail, hatch, and then develop into cercariae. The cercariae
are then ingested by a copepod or by an insect, and the
amphibian becomes infected after ingesting the second
intermediate host.

Pathologic Effects and Clinical Disease. Nothing
is known of the pathologic effects of these trematodes;
however, heavy burdens may cause local inflammation.
Affected amphibians are generally asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Brachy-
coelium salamandrae.

Public Health Considerations. Halipegus spp. do
not infect humans.

Haplometra cylindracea
Morphology. The adult Haplometra cylindracea is elongate,
cylindrical, and approximately 10 mm in length, although
larger specimens of up to 20 mm have been described>°.
The ventral sucker is smaller than the oral sucker and poste-
rior to it. The intestine bifurcates anterior to the ventral
sucker. The testes are spherical, one behind the other, and
located in the caudal third of the parasite; the ovary is ante-
rior to the testes. The genital pore is located on the median
and near the ventral sucker (Figure 8.23). Eggs are dark
brown and measure 220 p long by 40 . wide.

Hosts. Haplometra cylindracea is a pulmonary trematode
that has been isolated from edible frogs, grass frogs, treefrogs,
and European toads’*®. In one study, H. cylindracea
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Fig. 8.23 Haplometra cylindracea adult. Reproduced from Skrjabin,
K.I. (1964) with permission.

was found in 54% of grass frogs from Great Britain®'.
Parasite burdens vary widely, and range from five to 60
worms.

Life Cycle. The life cycle requires two intermediate
hosts, a snail and a water beetle®. Adult anurans become
infected with this parasite after consuming infected water
beetles.

Pathologic Effects and Clinical Disease. Adult
flukes attach to the pulmonary epithelium, where they
ingest blood”®. Affected anurans are generally asympto-
matic. Although uncommon, heavy infestations could
result in anemia.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs in the sputum or
feces of affected anurans. Postmortem diagnosis is made at
necropsy by identifying the adult parasites in the lungs.
Treatment attempts are as described for Brachycoelium
salamandrae. Premedicating affected animals with an anti-
inflammatory drug may diminish the risk of pulmonary
emboli. Because of the need for two intermediate hosts,
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one of which is a water beetle, it is unlikely that the life
cycle would be completed in the laboratory.
Public Health Considerations. Haplometra cylin-

dracea does not infect humans.

Megalodiscus spp.

Megalodiscus spp. are morphologically similar to Diplodiscus,
except that adult flukes have two testes (Figure 8.24)%.
Megalodiscus temperatus is common in the Americas, and has
been isolated from the large intestine of leopard frogs, green
frogs, bullfrogs, green tree frogs, spring peepers, chorus frogs
(Pseudacris), common toads, mole salamanders, dusky sala-
manders, water newts, and amphiumas“’“. The prevalence
of M. temperatus in red-spotted newts in the eastern United
States is 16% to 48%'4>%8. Megalodiscus americanus has
been isolated from the intestine of leopard frogs, mole
salamanders, dusky salamanders, California newts, and
amphiuma from North America and Central America.
Megalodiscus intermedius occurs in the rectum of bullfrogs
and dusky salamanders; M. microphagus in the large intes-
tine and urinary bladder of frogs, toads, and salamanders;
and M. rankini in the intestine of red-spotted newts in the
United States®®®. The life cycle and other aspects of the
biology of Megalodiscus are similar to Diplodiscus.

Opisthioglyphe ranae
The genus Opisthioglphe is morphologically, biologically,
and pathologically Dolichosaccus

similar to

(Figure

Fig. 8.24 (Left) Megalodiscus adult. (Right) Diplodiscus adult. Repro-
duced from Skrjabin, K.I. (1964) with permission.
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8.25)°264%0  Opisthioglyphe ranae (Syn. Opisthioglyphe
endoloba, Lecithopyge ranae) is a common intestinal trema-
tode of European amphibians' occurring in edible frogs,
grass frogs, treefrogs, European toads, clawed toads, Euro-
pean salamanders, and crested newts, and is the predominant
species in continental Europe!>®. Diagnosis, treatment, and
prevention are as described for Brachycoelium salamandrae.
Opisthioglyphe spp. do not infect humans.

Pleurogenes spp.

Morphology. Adult Pleurogenes claviger are cylindrical and
approximately 3 mm long, while adult P medians are oval
and approximately 1 mm long!"’. Vitellaria are restricted to
the anterior half of the body, and the genital pore is ante-
rior to the ventral sucker®. The intestinal ceca are long,
extending beyond the ventral sucker, and the testes are
posterior to the intestine (Figure 8.26).

Hosts. Pleurogenes claviger and P medians occur in the
small intestines of grass frogs, edible frogs, treefrogs, Euro-
pean toads, common newts, and crested newts from
Europe (Walton 1964). Pleurogenes medians has also been
reported in anurans and urodelans from Africa®.

Life Cycle. The life cycle of Pleurogenes spp. involves
two intermediate hosts, a snail and an arthropod. The cer-
cariae develop in the snail, while the metacercariae develop

Fig. 8.25 Opisthioglyphe ranae adult. Reproduced from Dawes, B.
(1946) with permission.
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in the arthropod®!®. Adult anurans become infected after
ingesting an infected arthropod.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of these trematodes; how-
ever, heavy burdens may cause a localized inflammatory
response. Affected amphibians are asymptomatic. Animals
with heavy burdens may become obstructed or develop
diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Brachy-
coelium salamandyae. Pleurogenes spp. do not infect humans.

Prosotocus confuses

Prosotocus confuses is morphologically similar to Pleurogenes
medians, except that the intestinal ceca are short and the
testes are located anterior to the intestine (Figure 8.26).
Prosotocus confuses has been reported in grass frogs, edible
frogs, and European toads from both Europe and south-
western Asia®. Other aspects of the biology of 2 confises are
similar to Pleurogenes spp.

Larval Trematodes

Diplostomulum scheuringi

Morphology. Larval Diplostomulum scheuringi are unen-
cysted and measure approximately 1 mm long and 0.2 mm
wide’’. The hindbody and lateral suckers are poorly differen-
tiated. Numerous, small calcareous corpuscles are irregularly

Fig. 8.26 (Left) Pleurogenes claviger adult. (Right) Prosorocus confusus
adult. Reproduced from Skrjabin, K.I. (1964) with permission.
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scattered throughout the parenchyma. Large, longitudinal
muscle fibers give the body a striated appearance (Figure
8.27). The cercarial stage that occurs in the mollusk is typi-
cally strigeid’®. An encysted form, the third intermediate
stage, has been experimentally produced in rodents’®, but the
adult and the egg are unknown®.

Hosts. Amphibians serve as second intermediate
hosts for larval diplostomulid flukes. Diplostomulum
scheuringi occurs in the brain and eyes of red-spotted newts
and greater sirens (Siren lacertian) in the United States®’%.
Infections are common (12% to 100%) in the red-spotted
newt and are likely to be encountered in laboratory speci-
mens obtained from their natural habitat’®7.

Life Cycle. The life cycle of D. scheuringi is not com-
pletely known’®. The first larval stage, the cercariae, devel-
ops in a snail. The cercariae are shed by the snail and
penetrate either the cornea of an adult newt or the cornea
or skin of a larval newt. Cercariae that penetrate the skin of
a larval newt usually migrate to the brain. It is also possible
that those that enter the eye migrate through the optic
stalk to the brain. These larval trematodes do not encyst in
the urodelan intermediate host. Rodents experimentally
infected with unencysted larvae develop encysted stages,
suggesting that this parasite follows a four-host life cycle.

1 ]
O2mm

Fig. 8.27 Diplostomulum scheuringi. Fully developed, unencysted
larva from the brain of a red-spotted newt. Reproduced from Etges, EJ.
(1961) with permission.
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The definitive host and the length of time required to
complete the entire life cycle of this parasite are unknown.

Pathologic Effects and Clinical Disease. The cer-
cariae produce small hemorrhages at the point of host
penetration’®. Those that enter the eye lodge chiefly in the
vitreous body and may migrate along the optic stalk to the
brain, but apparently never invade the lens’”’. Those that
enter through the skin are carried by the circulatory system
to the brain, leading to an increase in ventricular size,
hyperplasia, and increased pigmentation of the meninges,
and either hyperplasia of the choroids plexus or, when
located intraventricularly, an absence of the plexus”. A
relationship between the presence of the parasite and brain
tumor formation has been suggested. Urodelans with low
worm burdens may be asymptomatic, while animals with
heavy burdens may be depressed, anorexic, or have diffi-
culty navigating through their environment.

Diagnosis, Treatment, and Prevention. Post-
mortem diagnosis is by identification of larvae at necropsy.
Because of the need for a snail intermediate host, and an
unknown definitive host, it is unlikely that the life cycle
would be completed in the laboratory. No treatment
recommendations are available.

Public Health Considerations. Diplostomulum
scheuringi does not infect humans.

Diplostomulum xenopi

Morphology. Larval Diplostomulum xenopi are unencysted
and measure 0.5 mm long and 0.3 mm wide®’. The cuticle
is thin and lacks spines. The oral sucker is subterminal and
has an auricular projection on either side (Figure 8.28).
The lateral suckers are poorly developed and the acetabu-
lum, which is located in the anterior part of the posterior
half, is comparatively small and oval. Slightly posterior to
the acetabulum is the tribocytic or holdfast organ. The lat-
ter is large, oval, and covered with proteolytic gland cells.
Primordial gonads are immediately posterior to the tribo-
cytic organ. The hindbody is poorly developed. Calcareous
concretions are scattered throughout the body. Nothing is
known of the morphology of the adult, egg, or cercarial
forms.

Hosts. Larval flukes can be found in the pericardial
cavity of the South African clawed frog®®®!. The larvae
have been found in imported clawed frogs from both the
United States and Great Britain. These larval parasites
appear to be common in this amphibian; the prevalence in
laboratory specimens imported into the United States is
78%3°.
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Life Cycle. The life cycle is unknown. It is presumed
to involve a mollusk, probably a snail, as the first inter-
mediate host, and a reptile as the definitive host®°.

Pathologic Effects and Clinical Disease. Motile larval
flukes are readily observable in the pericardial cavity with the
aid of a hand lens®. They are often present in large numbers,
25 to 150 per frog. These flukes do not encyst and, conse-
quently, remain in the pericardial sac as long as the frog lives.
The larvae can act as foreign bodies and cause an exudative
pericarditis. The pericardial sac distends, encroaches on the
lungs, and causes a reduced respiratory capacity. Concur-
rently, the increased intrapericardial pressure interferes with
venous input and results in decreased cardiac output. These
combine to produce hypoxia, respiratory failure, and death.
Sudden death may occur in compromised animals.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and recovery of flukes in the peri-
cardium. Currently, there is no treatment for this parasite.

Because of the probable need for a mollusk intermedi-
ate host, and an unknown definitive host, it unlikely that
the life cycle would be completed in the laboratory.

Public Health Considerations. Diplostomulum
xenopi does not infect humans.

Fig. 8.28 Diplostomulum xenopi. Fully developed, unencysted larva
from pericardial cavity of a South African clawed toad. Reproduced

from Nigrelli, R.F. and Maraventano, L.W. (1944) with permission.
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Fig. 8.29  Neascus sp. metacercaria from a cyst in the skin of a South

African clawed toad. Reproduced from Elkan, E. and Murray, R.W.
(1952) with permission.

Neascus sp.

A diplostomatid metacercaria (Figure 8.29) presumably of
the larval genus Neascus has been reported once in Great
Britain in a group of four imported South African clawed
toads®’. The metacercariae encyst in the skin below the
lateral line system and cause a local proliferation of
melanophores at the site of each neuromast (Figure 8.30).
Affected toads die shortly after the infection becomes
apparent. Nothing is known of the life cycle, control, or
public health importance of this parasite.

CESTODES
Pseudophyllidea

Bothriocephalus Rarus

Morphology. The scolex of Bothriocephalus rarus is small
and has two shallow, longitudinal bothria and a rectangular
terminal disc®®. Segmentation begins immediately posterior
to the scolex, and there is no neck. The mature worm has 60
to 250 segments and is 67 mm to 300 mm in length. The
reproductive organs generally appear in the 30th segment.
The genital apertures are along the midline, the ovary is
compact and bilobed, and the uterine sac is ventral. The egg
is thick-shelled, operculated, and unembryonated when
laid. Eggs measure 59 p to 65 p long by 41 . to 56 . wide.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Fig. 8.30

Metacercariae encysted in the skin below the lateral line system cause a
local proliferation of melanophores at the site of each neuromast.
Reproduced from Elkan, E. and Murray, R-W. (1952) with permission.

Neascus sp. infection of a South African clawed toad.

Hosts. The adult of this pseudophyllid cestode is com-
mon in the small intestine of red-spotted newts, California
newts, and two-lined salamanders (Eurycea bislineata) in
the United States®>8384, Laboratory newts obtained from
their natural habitats are likely to be infected. The preva-
lence of this parasite varies with locale, but as many as 30%
of animals sampled in the north central and eastern United
States have been found to be infested4¢>83,

Life Cycle. The life cycle is typical of the Pseudophyl-
lidea, and is described in Chapter 4, Biology of Cestodes.
Adult newts can be infected directly by ingesting an
infected copepod, but are usually infected after preying on
an infected larval newt.

Pathologic Effects and Clinical Disease. Heavy infec-
tions cause enteritis in urodelans, which may appear weak
and debilitated®. Severely debilitated animals may die.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on clinical signs and finding
proglottids or eggs in the feces. Postmortem diagnosis is by
finding adult worms in the small intestine at necropsy.
Although no treatment has been described, praziquantel
(8 to 14 mg/kg orally every 14 days for three treatments)
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may be used. Abrupt changes in water temperature have
been found to cause newts in captivity to shed the tape-
worms®?. Because the life cycle cannot be completed in the
absence of copepods, routine sanitation prevents the
spread of the infection in the laboratory.

Public Health Considerations. Bothriocephalus rarus
does not infect humans.

Cephalochlamys Namaquensis

Morphology. The scolex of Cephalochlamys namaquensis
(Syn. Chlamydocephalys xenopi) has two large, oval bothridia
that stand away from the body and give an arrowhead
appearance®®’. Mature worms measure 16 mm to 36 mm
long and 1.6 mm wide. Proglottids are wider than long
(Figure 8.31). The ovary is located near the base of the seg-
ment. The uterus is narrow, and coiled, and extends almost
to the anterior border. The genital aperture is medial and
located on the anterior half of the segment. Eggs are oval,
thin shelled, nonoperculated, and measure 37 w long by
26 . wide.

Hosts and Life Cycle. Cephalochlamys namaquensis is
common in the small intestine of the South African clawed
frog in the wild as well as in the laboratory!>#*85. Preva-
lence of infection in captive clawed frogs can be high®!.
The life cycle is unknown®.

Pathologic Effects and Clinical Disease. Invasion of
the jejunal mucosa by C. namaquensis has been observed
(Figure 8.32). Although heavy infestations (more than 100
scolices in one toad) sometimes occur'>®>, no severe pathol-
ogy has been reported. Affected clawed frogs may develop

diarrhea; however, most animals are asymptomatic.

Fig. 8.31
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Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by finding eggs in a fecal flotation. Postmortem
diagnosis is by finding adult worms in the small intestine at
necropsy. Bromphenol blue has been used effectively to
treat infections with C. namaquensis'>® . Praziquantel may
also be effective, as described for Bothriocephalus rarus.
Because the complete life cycle is not known, recommen-
dations for control cannot be made. Once freed of infec-
tion, frogs in captivity do not appear to become
re-infected, thus indicating that the life cycle is not likely
to be completed in the laboratory®.

Public Health Considerations.
namaquensis does not infect humans.

Cephalochlamys

Cyclophyllidea
Nematotaenia Dispar

Morphology. Mature Nematotaenia dispar are cylindrical
and can grow to 22 cm long and 0.5 to 0.6 mm wide">¥’.
The scolex is unarmed and bears four suckers. A rostellum
is either poorly developed or absent. Segmentation is not
apparent except in the last few proglottids. Each proglottid
has two testes and numerous parauterine organs
(Figure 8.33).

Hosts and Life Cycle. Adult V. dispar have been iso-
lated from the small intestine of edible frogs, grass frogs,
treefrogs, European toads, fire salamanders, other Euro-
pean salamanders, and alpine newts from Europe, Africa,
and Asia®. Infections are common in southern Europe
and northern Africa, and are likely to be encountered in

laboratory amphibians obtained from these regions'.

Cephalochlamys namagquensis adult. (Left) Scolex. (Right) Entire worm. Reproduced from Elkan, E. (1960) with permission.
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Fig. 8.32  Cephalochlamys namaquensis invading jejunal mucosa of a
South African clawed toad. Reproduced from Reichenbach-Klinke, H.

and Elkan, E. (1965) with permission.
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Nematotaenia dispar, mature proglottid. (Left) Cross sec-
tion. Note the cylindrical shape. (Right) Longitudinal view. Note the
paruterine organs. (Left) reproduced from Wardle, R.A. and McLeod,
J.A. (1952) with permission. (Right) reproduced from Cheng, T.C.
(1964) with permission.

Fig. 8.33

Nematotaenia dispar may also be found in leopard frogs,
cricket frogs, American toads, common toads, and mud-
puppies from North America¥. The life cycle is
unknown.

Pathologic Effects and Clinical Disease. Nematotae-
nia dispar does not appear to cause any significant pathology.

FLYNN’S PARASITES OF LABORATORY ANIMALS

In small numbers, N. dispar is harmless, but in heavy infec-
tions may cause intestinal obstruction and death®.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by findings eggs in a fecal flotation.
Postmortem diagnosis is by finding adult worms in the
small intestine at necropsy. Treatment recommendations
are as described for Bothriocephalus rarus. Because the life
cycle of this parasite is unknown, it is difficult to deter-
mine what preventive methods should be taken to mini-
mize the likelihood of transmitting the parasite. All new
amphibians should be quarantined and serial fecal samples
examined. Infected animals should be treated. Animals
should not be released from quarantine until they have at
least four negative fecals over a four-week period.

Public Health Considerations. Nematotaenia dispar
does not infect humans. However, the life cycle is
unknown and basic hygiene practices should be followed
when handling amphibians infested with this parasite.

LARVAL CESTODES

Morphology. Larval Diphyllobothrium erinacei (Syn.
Diphyllobothrium mansoni, D. ranarum, D. reptans,
Spirometra erinacei) and Spirometra mansonoides (Syn.
Diphyllobothrium mansonoides) have been recovered from
amphibians. Plerocercoids are white, flattened, trans-
versely wrinkled, and have a longitudinal medial groove on
their ventral surface®>88%%. In amphibians, plerocercoids
grow up to 30 mm in length and 0.7 mm in width.

Hosts. Pseudophyllidean larvae (spargana) have been
reported to encyst in the muscle and connective tissue of
amphibians throughout the world>*$%°. Because of the con-
troversy associated with the nomenclature of these parasites
and the difficulty in precisely identifying the larvae, disagree-
ment exists concerning specific names of spargana in various
geographic locations®®*"%2. Diphyllobothrium erinacei is
commonly applied to larval forms reported from Europe,
Asia, Indonesia, Australia, and South America, while
Spirometra mansonoides is applied to those reported from
North America. Diphyllobothrium erinacei has been found in
grass frogs, edible frogs, treefrogs, toads, fire salamanders,
common newts, and other salamanders®>?; S. mansonoides
has been reported in green frogs, bullfrogs, treefrogs, toads,
tiger salamanders, and red-spotted newts*>®. Diphylloboth-
rium erinacei is most common in eastern Asia and Indone-
sia®, with a prevalence of 82% reported in frogs (Rana
tigrina) from southeastern Asia®. In a survey of several
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species of tadpoles and adult frogs from the south central
United States, S. mansonoides was found in only 1% of
animals tested®. Laboratory amphibians obtained from
endemic regions are likely to be infected. The prevalence of
these parasites in captive amphibians in other parts of the
world is unknown.

Life Cycle. Carnivores (e.g., dogs and cats) serve as
the definitive host for D. erinacei and S. mansonoides. The
life cycle is typical of the pseudophyllidea, and is described
in Chapter 4, Biology of Cestodes. Amphibians are usually
infected in the immature stage (e.g., frog: tadpole; urode-
lan: newt larvae) after ingesting the infected copepod.
Adult amphibians can become infected by ingesting an
infected immature amphibian. The complete life cycle of
D. erinacei requires about 54 days.

Pathologic Effects and Clinical Disease. The migra-
tion of plerocercoid larvae through the intestinal wall and
body cavity may cause mechanical damage and adhesions
in fishes®, and presumably causes detrimental effects in
amphibians. Rapidly growing cestode larvae may interfere
with the nutrition and growth of the host!®. Most affected
amphibians are asymptomatic. Heavily infected frog tad-
poles cease to grow”. Infected amphibians are generally
diagnosed at necropsy as an incidental finding.

Diagnosis, Treatment, and Prevention. A tentative
diagnosis is based on finding characteristic plerocercoid
larva in the muscle®. A definitive diagnosis requires the
experimental feeding of the immature parasite to a defini-
tive host and the identification of the adult parasite.
Because the parasites primarily encyst in the muscle and
connective tissue, there is no effective treatment. Because
the life cycle cannot be completed in the absence of cope-
pods, routine sanitation prevents the spread of the infec-
tion in the laboratory.

Public Health Considerations. Although these para-
sites cause sparganosis in man, infected laboratory
amphibians are unlikely to serve as a source of infection for
animal workers.

LEECHES

Morphology, Hosts, and Life Cycle. Aquatic and terres-
trial amphibians are susceptible to attack by leeches.
Leeches have a direct life cycle. Mature forms are her-
maphroditic and can therefore reproduce in captivity from
a single adult. Most leeches are ectoparasitic and feed on
amphibians by attaching themselves to an amphibian host.
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However, there are also endoparasitic leeches?>™> which
have been found to parasitize anurans. The leeches gain
entrance into the host via the cloaca, and feed on blood
from the liver and heart.

Pathologic Effects and Clinical Disease. Although
heavy leech burdens could result in significant blood loss
in captive amphibians, the greater risk posed by these para-
sites is that they can serve as vectors for other diseases,
including bacteria, viruses, and parasites’®. Amphibians
infested with leeches may become anemic, with packed cell
volumes dropping below 20%. Anemic amphibians can
become lethargic and depressed. Because leeches can serve
as vectors for other infectious diseases, infested amphibians
should also be closely monitored for clinical signs associ-
ated with bacterial, viral, and other parasitic infections.

Diagnosis. Ectoparasitic leeches can be observed
grossly on the amphibian host or found in the aquatic
environment. Endoparasitic leeches can be more difficult
to identify. The amphibian should be trans-illuminated in
cases where endoparasitic leeches are suspected. This can
be done by placing a flashlight against the lateral body wall
of the amphibian. In some cases it is only possible to iden-
tify endoparasitic leeches at necropsy.

Treatment. External leeches can be removed with for-
ceps. The animal enclosure should also be cleaned to
ensure that eggs are removed. Endoparasitic leeches are
more difficult to control. Endoparasitic leeches may leave
the host after feeding. It may be possible to control leeches
by rotating the amphibian between enclosures and physi-
cally removing leeches from the animal enclosure.

Prevention. Newly acquired, wild amphibians should
be closely inspected for leeches during quarantine. Leeches
should be removed from the amphibian, and its enclosure
changed to prevent later exposure to newly hatched
leeches.

Public Health Considerations. Leeches that infest
amphibians are not considered to pose an important
human health risk.

NEMATODES

Hundreds of species of nematodes have been reported
from amphibians””%. In most cases the amphibian serves
as the definitive host, although in a few cases it is the inter-
mediate host. Nematode larvae are frequently reported
encysted in the stomach and intestinal wall of green frogs,
water newts, and other aquatic amphibians in eastern
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1 mm

Fig. 8.34 Rhabdias bufonis, parthenogenic female. Reproduced from
Yorke, W. and Maplestone, PA. (1926) with permission.

United States'4¢>67:68 Although they are called spirurid
larvae, their exact identity is unknown.

Superfamily Rhabditoidea
Rhabdias spp.
Morphology. The parthenogenic female found in the

lungs of anurans measures 11 mm to 13 mm long'>%, and
is characterized by a mouth with six insignificant lips, a
short esophagus, a vulva located near the middle of the
body, and a sharply tapered posterior extremity that ends
in a finely conical point (Figure 8.34). The egg is thin-
shelled and embryonated. The larval stage that occurs in
the intestine of the frog or toad is typically rhabditiform.
The free-living male and female are similar to the
parthenogenic female; the infective larva is filariform.
Hosts. Rhabdias is common in the lungs of frogs and
toads'®. Rhabdias ranae occurs in the lungs of leopard
frogs, bullfrogs, wood frogs, pickerel frogs, cricket frogs,
chorus frogs, spring peepers, common toads, and other
toads from North America®®%’. Rhabdias bufonis occurs in
Europe and Asia in the lungs of grass frogs, edible frogs,
treefrogs, other frogs, European toads, and other toads®?’.
The prevalence R. ranae in frogs from the northeastern
United States is 31%°, while the prevalence of R. bufonis
in grass frogs from Great Britain is as high as 48%°!.
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Reichenbach-Klinke and Elkan' suggest that most wild
amphibians being brought into the laboratory should be
considered positive.

Life Cycle. The life cycle is direct. Eggs passed by the
parthenogenic female are carried up the bronchus to the
mouth, swallowed, hatch, and pass in the feces as rhabditi-
form larvae'>8. Outside the host they transform either
directly into infective larvae or indirectly by first passing
through a bisexual generation. Frogs and toads become
infected by ingestion of infective larvae or by penetration
of the skin. Larvae migrate through the body tissues to the
lungs, where they mature.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of Rbabdias. Infections
without pathologic changes are common'>*°, but heavy
worm burdens may cause pneumonitis. Migrating
nematode larvae sometimes cause cysts or are associated
with tumors in amphibians'>. Most amphibians are
asymptomatic, but amphibians with heavy worm burdens
may appear depressed or lethargic or die acutely.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by finding rhabditiform larvae in a
fecal flotation. Postmortem diagnosis is by finding the
parthenogenic female in the lungs or the rhabditiform
larvae in the intestine. Treatment is as described for
Aplectana. Newly imported wild amphibians should be
quarantined for a minimum of 30 days. Serial fecal
samples should be collected to determine parasite status.
Changing the enclosure substrate will minimize environ-
mental contamination with Rhabdias. The author prefers
to keep affected amphibians on a moistened paper towel
substrate that can be changed daily.

Public Health Considerations. Rhabdias spp. do not

infect humans.

Superfamily Cosmocercidae
Aplectana spp.

Morphology. Adult Aplectana measure 2 mm to 7 mm
long, and possess a mouth bearing three lips, an esophagus
which terminates in a bulb, and a simple intestine that has
no diverticulum®. The males have two spicules of equal
length; the females have a posterior extremity that is coni-
cal and pointed (Figure 8.35).

Hosts. Aplectana are common in the intestine of
frogs, toads, and salamanders from North America and
Europe'>”. The prevalence of A. acuminata has been
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Fig. 8.35 Aplectana. (A) Anterior end, lateral view. (B) Anterior end, ventral view. (C) Posterior end of male. (D) Posterior end of female. Repro-

duced from Yorke, W. and Maplestone, PA. (1926) with permission.

reported to be 23% for grass frogs from Great Britain®!.
Laboratory amphibians obtained from their natural habi-
tat may be infected.

Life Cycle. The life cycle is unknown but is probably
direct, with infection by ingestion of an embryonated egg
or infective larva®”-%,

Pathologic Effects and Clinical Disease. Animals
with low parasite burdens have minimal pathology,
although enteritis may develop with heavy infections.
Heavily infected amphibians may develop debilitation,
intestinal obstruction, and peritonitis, and may die'®.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by finding eggs in a fecal flotation.
Postmortem diagnosis is by finding adult nematodes in the
intestine. Infected animals may be treated with ivermectin
(0.2 mg/kg orally or by injection) or fenbendazole (25 to

50 mg/kg orally). Newly imported wild amphibians
should be quarantined for a minimum of 30 days. Serial
fecal samples should be collected to determine parasite sta-
tus. Animals should not be removed from quarantine until
they have four serial negative fecals over a four-week

period.

Public Health Considerations. Humans are not sus-

Cosmocerca spp.

Adult Cosmocerca are morphologically similar to Aplectana.
The prevalence of Cosmocerca ornate has been reported to be
81% in grass frogs from Great Britain®!. Laboratory amphib-
ians obtained from their natural habitat may be infected. The
life cycle and other aspects of the biology and control of
Cosmocerca are similar to those described for Aplectana.

Cosmocercoides spp.

Adult  Cosmocercoides are morphologically similar to
Aplectana. The prevalence of Cosmocercoides dukae in the
red-spotted newt from the northeastern United States has
been reported to vary from 2% to 16%'4. The life cycle
and other aspects of the biology and control of Cosmocer-
coides is similar to that described for Aplectana.

Oxysomatium spp.

Adult  Oxysomatium are morphologically similar to
Aplectana. The prevalence of Oxysomatium americana in
salamanders from the northeastern United States has been
reported to vary from 2% to 7%%. Laboratory amphib-

ceptible to infection with Aplectana.

ians obtained from their natural habitat may be infected.
The life cycle and other aspects of the biology and control
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Fig. 8.36  Falcaustra. (A) Head, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. Reproduced from Yorke, W. and

Maplestone, PA. (1926) with permission.

of Oxysomatium are similar to those described for

Aplectana.

Superfamily Oxyuroidea

Falcaustra spp.

Morphology. Adult Falcaustra (Syn. Spironoura) measure
8 mm to 16 mm long and have an esophagus with a termi-
nal bulb, a simple intestine without a diverticulum, and a
pointed posterior extremity in both sexes’>%. The male
has spicules of equal length and a gubernaculum, but no
caudal alae (Figure 8.36).

Hosts and Life Cycle. Falcaustra catesbeiana is com-
mon in bullfrogs and also occurs in leopard frogs, chorus
frogs, treefrogs, and other frogs’>?’. The life cycle is
unknown but is assumed to be direct, with infection
occurring after ingestion of an embryonated egg’”%.

Up to 50% of wild bullfrogs may be infected with this par-
asite. Thus, wild bullfrogs should be assumed to be infected.

Pathologic Effects and Clinical Disease. Pathologic
effects have not been described for F catesbeiana.
Infections are asymptomatic. However, heavy burdens in
captive amphibians might lead to enteritis or intestinal

obstruction.
Diagnosis, Treatment, and Prevention. Diagnosis,

treatment, and prevention are as described for Aplectana.
Public Health Considerations. Falcaustra does not

infect humans.

Superfamily Trichostrongyloidea

Oswaldocruzia spp.

Morphology. Adult Oswaldocruzia are filiform worms

measuring 6 mm to 14 mm long”>%. The buccal cavity is
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rudimentary or absent, the vulva is located in the posterior
half of the body, and the spicules are short and stout and
end in a number of processes (Figure 8.37).

Hosts and Life Cycle. Oswaldocruzia is a tri-

chostrongylid nematode found in the intestine of amphibians
throughout the world"™>””. Approximately 18% of leopard
frogs from the south central United States have been found to
harbor O. pipiens”. The prevalence of O. pipiens is much
higher (70%) in frogs from the northeastern United States®.
A single report on salamanders stated that approximately
23% of dusky salamanders from the northeastern United
States were infected®®. The prevalence of O. pipiens in Great
Britain is similar (63%) to that reported for frogs from the
northeastern U.S. All anurans and urodelans should be con-
sidered susceptible to infection. The life cycle is unknown but
is probably direct, with infection by ingestion of an infective
larva>”8,
Pathologic Effects and Clinical Disease. Nothing is
known of the specific pathologic effects of Oswaldocruzia.
Animals with heavy worm burdens could develop enteritis.
Infected animals are generally asymptomatic, but heavily
infected animals may become debilitated and develop
intestinal obstruction, and may die'>.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Aplectana.
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Public Health Considerations. Oswaldocruzia does
not infect humans.

Superfamily Filaroidea
Foleyella spp.
Morphology. Adult Foleyella spp. are white, fragile, fili-

form worms?®-'%°. Males measure 15 mm to 25 mm long
and females measure 60 mm to 72 mm long. The mouth
of Foleyella is simple with no lips or teeth. The esophagus is
short and is divided into two parts, a muscular portion and
a glandular portion. The male has long caudal alae, anal
papillae, and unequal spicules (Figure 8.38). The vulva of
the female is near the posterior end of the esophagus. The
microfilariae are sheathed and vary in length with species.
The microfilaria of F brachyoptera measures 120 . to 168
long; that of £ dolichoptera measures 263 p to 295 . long;
and that of £ ranae measures 114 . to 163 p long.

Hosts. Foleyella is common in frogs”!'®. Adults are
found in the abdominal cavity in mesenteric and subcuta-
neous tissues. Microfilariae are found in the blood, lymph,
and tissue fluids. Foleyella brachyoptera and E dolichoptera
occur in leopard frogs in the southeastern United States;
E americana in leopard frogs and green frogs from the United
States and Canada; £ 7anae in leopard frogs, green frogs, and

| I |
O.l mm

Fig. 8.37 Oswaldocruzia. (Left) Anterior end, lateral view. (Right) Posterior end of male, dorsal view. Reproduced from Yorke, W. and Maplestone,

PA. (1926) with permission.
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Fig. 8.38 Foleyella. (Left) Anterior end of female, lateral view. (Right)
Posterior end of male, ventral view. Reproduced from Yorke, W. and
Maplestone, PA. (1926) with permission.

bullfrogs from the United States and Canada; and F duboisi in
edible frog from Israel. Infections may be encountered in
laboratory frogs obtained from endemic areas™'%.

Life Cycle. Adult worms occur in the body cavity of
the frog, usually in the mesentery, but sometimes in the
subcutis'>%. Fertilized eggs develop into sheathed microfi-
lariae in the female, pass out into the tissues, and enter the
lymph and blood vessels*1%° Here they can survive about
two years awaiting ingestion by a mosquito intermediate
host. In the mosquito, larvae become infective for the
vertebrate host in about 18 days. Frogs are infected when
bitten by an infected mosquito.

Pathologic Effects and Clinical Disease. Adult
worms can stimulate the formation of dermal, subcuticu-
lar, or mesenteric cysts, depending on the species. The
cysts are well-delineated in these cases. Microfilariae have
been associated with the formation of dermal tumors®".
Amphibians with low burdens are generally asymptomatic.
Animals with dermal cysts may appear pruritic, rubbing
the mass against solid objects. Death can occur in animals
with heavy filarid burdens®.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of microfilaria on a
blood smear. Postmortem diagnosis is by identification of
the adult worm in the body cavity!>. No clinical trials have
been performed to determine an effective treatment.
Empirically, ivermectin (0.2 mg/kg once, repeated in 10
days for two to three treatments) may be used. In captivity,
the absence of the intermediate host will prevent the life
cycle of the parasite from being completed.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Public Health Considerations. Foleyella does not
infect humans.

Icosiella spp.

Adult leosiella are morphologically similar to Foleyella,
except that the mouth of cosiella is surrounded by four
small spinose teeth and the esophagus is longer. Also, male
Icosiella lack caudal alae and papillae. Ieosiella quadrituber-
culata occurs in the leopard frog, bullfrog, and amphiuma
in the United States, and 1. neglecta in the grass frog and
edible frog from Europe, Asia, and Africa. lcosiella may be
encountered in laboratory frogs obtained from endemic
areas”. The life cycle and other aspects of the biology of
Icosiella are similar to those of Foleyella.

ACANTHOCEPHALA

Acanthocephalus ranae
Morphology. Adult Acanthocephalus ranae (Syn. A. falca-

tus) are cylindrical and have an elongated proboscis, with
six to 28 longitudinal rows of four to 15 hooks each
(Figure 8.39)°%. The male measures approximately 3.2 mm
in length and has two tandem, oval testes in the midregion
of the body'". The female is longer, measuring approxi-
mately 6 mm in length.

Fig. 8.39 Acanthocephalus ranae male. Reproduced from Van Cleave,
H.J. (1915) with permission.
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Hosts. Acanthocephalus ranae has been found in the
stomach and intestine of grass frogs, edible frogs, and
toads from Europe!>®!. It also occurs in other European
frogs, toads, salamanders, newts, and water snakes®. The
prevalence of A. ranae in grass frogs from Great Britain has
been reported to be 18%°!, while as many as 50% of the
edible frogs from the European continent may be
infected!?!.

Life Cycle. An aquatic crustacean (isopod) serves as
the intermediate host for A. ranae®. Eggs passed in the feces
of the definitive host are ingested by a crustacean, and the
amphibian is infected by ingesting the crustacean. Snakes,
which normally do not feed on isopods, become infected
by ingesting an infected amphibian'>. Animals obtained
from endemic areas should be screened for this parasite.

Pathologic Effects and Clinical Disease. The elon-
gated proboscis of A. ranae can penetrate deep into the gas-
tric or intestinal wall, causing severe tissue reaction and
mechanical damage to the mucosa and submucosa at the
point of attachment (Figure 18.40)">%>192  Animals
with low parasite burdens are generally asymptomatic.
Amphibians with heavy burdens may become anorexic and
emaciated. Severe burdens may also result in anemia.
Untreated animals may die.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of the eggs in a fecal
sample. Postmortem diagnosis is by identification of the
parasite in the stomach or intestine. No clinical trials have
been performed to determine an effective treatment.
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Empirically, ivermectin (0.2 mg/kg once, repeated in 10
days for two to three treatments) may be used. Because of
the need for an isopod intermediate host, it is unlikely that
the life cycle would be completed in the laboratory. Newly
acquired animals should be quarantined prior to being
introduced into a colony and screened (eg., fecal exams)
for the parasite.

Public Health Considerations. Acanthocephalus

ranae does not infect humans.

ARTHROPODS
Class Branchiura
Argulus sp.

Morphology. Argulus sp., the fish louse, is a branchiuran
crustacean. The body is flattened and covered with an
oval-shaped carapace. Argulus have compound eyes, a pair
of large suckers, four pairs of swimming limbs, and they
measure 5 mm to 20 mm in diameter (see Figure 6.1 in
Chapter 6, Biology of Arthropods).

Hosts and Life Cycle. Argulus sp. can parasitize any
aquatic amphibian. They are most commonly found on
newts and tadpoles sold through the pet retail market. The
life cycle of Argulus sp. is direct. Unlike other crustaceans
which carry their eggs on their body, Argulus sp. deposit
their eggs in the environment.

Pathologic Effects and Clinical Disease. Argulus sp.
can induce pathology when it attaches and feeds on an

Fig. 8.40 Acanthocephalus ranae in European toad. (Left) Adult worms attached to the intestinal mucosa. (Right) Section of small intestine con-

taining a worm. Courtesy of E. Elkan, London.
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amphibian. During attachment, these parasites can cause
damage to the epithelium. The break in the epithelial bar-
rier increases the susceptibility of the host to opportunistic
infections and osmoregulatory disorders. Amphibians
infested with Argulus sp. rub against rough surfaces to
remove parasites.

Diagnosis, Treatment, and Prevention. Argulus sp.
can be observed grossly on an infested amphibian. The
parasites typically leave an amphibian or fish once it is
removed from the water. For mild infestations, the para-
sites can be removed manually with forceps. The amphib-
ians should be placed into a new enclosure to prevent
re-infestation by recently hatched Argulus. Salt (10 to
25 g/L for five to 10 minutes) and ivermectin (10 mg/L,
30 to 60 minutes) baths may be used to eliminate Argulus
in the aquatic environment’. Amphibians should be exam-
ined closely during quarantine to ensure that they are not
infested with Argulus sp.

Public Health Considerations. Argulus does not
infest humans.

Class Insecta
Order Diptera

Family Calliphoridae

Bufolucilia spp. Morphology. Larvac of Bufolucilia
bufonivora (Syn. Lucilia bufonivora) and B. silvarum (Syn.
L. silvarum) (toad flies) are typically calliphorid!®. Larvae
are white, measure 10 mm to 18 mm long, and have
several bands of microspines around their body. The head
is retractile and bears paired mouth hooks. Adults resemble
houseflies, but are larger, measuring 6 mm to 11 mm long.
The body is metallic green, the legs are black, and the
arista of the antenna is plumose.

Hosts. The larvae of Bufolucilia sp. cause severe and
often fatal myiasis of toads and frogs'®*!%. Bufolucilia
bufonivora occurs in Europe, Asia, northern Africa,
and possibly North America!®. It is common in European
toads and sometimes affects other toads, grass frogs,
edible frogs, treefrogs, European salamanders, and

13 Bufolucilia silvarum occurs in North
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crested newts
America and possibly Europe and northern Africa
In North America, it has been recovered from bullfrogs
and American toads'®, but is considered rare. Infection
with larvae of these flies would not be expected in
laboratories with proper fly control, but it could be
present in specimens recently obtained from their natural
environment.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Life Cycle. Bufolucilia bufonivora is an obligate para-
site of amphibians, while B. silvarum is a facultative para-
site'®. Eggs usually hatch in one to three days, but
sometimes remain unhatched for many days. Larvae pupate
in two to seven days and metamorphose to adults in 10 to
21 days. The entire life cycle requires two to four weeks.

Pathologic Effects and Clinical Disease. The eggs
are laid on the skin of the host. Following hatching, larvae
migrate to the nasal passages'®® where they cause erosion of
the mucous membranes and occasionally penetrate the
underlying bone and enter the orbit or brain!%17.
Affected amphibians may be anorexic, lethargic, and
depressed. Infected toads generally succumb.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the clinical signs and the presence of the larvae in
the lesions. The maggots can be manually removed. Iver-
mectin (0.2 to 0.4 mg/kg topically or intramuscularly,
repeated in seven to 10 days) may kill the maggots.
Bathing frogs in ivermectin (10 mg/L, 30 to 60 minutes)
may also prove larvacidal®. Treating affected anurans with
an organophosphate (diclorvos, <60-minute exposure)
has been suggested, but may also be toxic to the amphib-
ian!®. Newly acquired specimens should be examined and,
if infected, culled. Amphibians maintained in laboratory
colonies should not be exposed to these flies. However,
proper fly control prevents infection.

Public Health Considerations. Bufolucilia have not
been reported to affect humans.

Class Arachnida
Suborder Prostigmata

Trombiculids

Morphology. Trombiculid mites appear reddish-orange.
Hannemania sp. larvae have six legs and an ovoid body,
and measure approximately 0.6 mm to 1.0 mm long and
0.3 mm to 0.6 mm wide'®. As the larvae approach the
nymphal stage, rudiments of the fourth pair of legs
become apparent. The nymphal and adult stages both have
eight legs.

Hosts. The larvae of Hannemania mites embed
beneath the skin of various amphibians in North and
South America'®®1%,  The species,
H. dunni, is prevalent in the eastern United States!*8110-111,

and has been reported to infest pickerel frogs, spotted sala-
11

most common

manders, marbled salamanders, and dusky salamanders
The prevalence of this mite in salamanders has been
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reported to vary from 7% to 33%"4. Hannemania pene-
trans is another common trombiculid mite from the east-
ern United States and has been recovered from leopard
frogs, green frogs, bullfrogs, and toads!%. Laboratory spec-
imens obtained from areas where the mites are endemic
may be infested.

Eutrombicula sp. and Neotrombicula sp. mites are pri-
marily found on reptiles and occasionally found on
amphibians obtained from their natural habitat!>108112,
The most common species in North America is E. alfred-
dugesi, the common chigger. It is prevalent throughout the
Western Hemisphere and has been reported to affect
toads'®®!3. Another common species occurring in the
southeastern United States is E. splendens. This mite has
been recovered from treefrogs''“. Only the larvae of these
genera are parasitic; the nymphs and adults are free-
living'>. The larvae feed on tissue fluids from a single host
until engorged.

Life Cycle. The life cycle is direct, and involves larval,
nymph, and adult stages''’. Although most trombiculid
mites are ectoparasites, the larva of this genus is usually
found beneath the skin of the host. Unengorged larvae pen-
etrate the skin and become completely embedded in about
two hours. The length of time spent under the skin varies,
sometimes lasting six months. The nymph and adults are
free-living and feed on small arthropods or arthropod eggs.
The life cycle cannot be completed in the laboratory.

Pathologic Effects and Clinical Disease. Embedded
larvae cause the formation of orange-to-red vesicles less
than 1 mm in diameter on the ventral surface of the rear
legs and in the cloacal region!®!°, Encysted mites are
seen in the vesicles in microscopic sections. Animals with
severe mite infestations may develop generalized vesicles,
and appear listless. Amphibians can become anemic with
chronic infestations. The mites can also serve as vectors for
bacterial and viral diseases.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the skin lesions and the mites on the surface
of the amphibian. Because the mites are highly contagious,
infested animals should be removed from the colony and
housed separately. Treatment is as described for Bufolucilia
sp. Newly acquired amphibians should be carefully exam-
ined upon arrival and culled if infested.
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Public Health Considerations. Trombiculids cause
dermatitis in humans!". Special precautions, such as wear-
ing gloves and laboratory coats, should be followed to
minimize the likelihood of contact between animal care-
takers and infested amphibians.

MOLLUSKS

Morphology. Amphibians may become parasitized by
larval clams, including Anodonta cygnaea, Megalonaeas
gigantean, and Simpsonichoncha ambigua. Larval mollusks
typically measure up to 0.5 mm in length.

Hosts. During dispersal, freshwater clam larvae some-
times embed in the gills of amphibian larvae'>!'">. Larvae
of S. ambigua and M. gigantean have been found in the
gills of the mudpuppy (Necturus) from the United
States''”"!'8, and A. cygnaea from the gills of axolotl from
Europe®.

Life Cycle. Little is known regarding the life cycle of
these parasites in amphibians. In fishes, glochidia attach to
the gills and become encysted as a result of the host
immune response. The larvae have phagocytizing cells in
their mantle that derive nutrition from the host. The life
cycle is approximately 10 to 30 days. Eventually the larvae
excyst and start a benthic life cycle. Simpsonichoncha
ambigua may parasitize Necturus or develop in the adult
clam’s gills.

Pathologic Effects and Clinical Disease. Larval clams
generate a mild, localized inflammatory response in the gill.
Affected amphibians would not be expected to develop
severe disease because the burdens are generally low.

Diagnosis, Treatment, and Prevention. Ante-
mortem or postmortem diagnosis can be made based on
the identification of the parasitic larvae from a gill biopsy.
No treatments have been described. The parasitic larvae
eventually excyst from the amphibian and the lesion gener-
ated by the parasite heals. Larval clams would not be
expected to be a concern in captive amphibians, unless
amphibians were maintained in a mixed species exhibit
with mollusks.

Public Health Considerations. Larval clams are not
known to infest humans.
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TABLE 8.1 DParasites of amphibians—circulatory/lymphatic system.
Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference
Flagellates
Cryprobia sp. North America Newts, salamanders Blood Unknown Unknown 6
Trypanosoma India, Frogs Blood Bite of leech Spleen 121
inopinatum southern Europe, destruction, death
northern Africa
Trypanosoma pipientis North America Frogs Blood Bite of leech Spleen enlargement 122
Trypanosoma schmidti Southeastern US Leopard frogs Blood Probably by bite of Unknown 123
leech or arthropod
Trypanosoma sp. North America Newts, salamanders Blood Probably by bite of Usually none; some 3,119,120
leech or arthropod species may cause
debilitation, anorexia,
erythrocyte
degeneration
Trypanosoma sp. Worldwide Frogs, toads Blood Probably by bite of leech  None 1,3
or arthropod
Coccidia
Cytamoeba bacterifera Europe, US Axolotl, frogs, newts, Blood Unknown Unknown 141
salamanders
Cytamoeba grassi Europe Treefrogs Blood Unknown Unknown 6
Haemogregarina sp. Africa, Europe, US Toads, bullfrogs, Blood Unknown None 6, 139
other frogs
Haemohormidium stableri ~ US Leopard frogs Blood Unknown Unknown 141
Haemohormidium jahni [ON Red-spotted newts Blood Unknown Degeneration of 141
erythrocytes
Hepatozoon catesbeiana Unknown Bullfrogs Blood Ingestion of mosquito Variable anemia 36
containing sporocysts
Lankesterella bufonis Africa Toads Blood Bite of leech None 142
Lankesterella canadensis Canada Bullfrogs Blood Bite of leech Unknown 6
Lankesterella minima Worldwide Frogs, toads Blood Bite of leech Unknown 3,143
Leeches
Btrachobdella picta usS Bullfrogs Dorsal lymph sac Direct contact Unknown 15
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TABLE 8.2 Darasites of amphibians—enterohepatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Flagellates
Chilomastix caulleryi North America, Europe Axolotl, frogs, newts, Intestine Ingestion of organism None 6
salamanders, toads passed in feces
Giardia agilis Worldwide Frogs, toads Small intestine Ingestion of organism None 15,125
passed in feces
Hexamastix batrachorum Europe, North America Newts, salamanders Intestine Ingestion of organism None 6,12, 15
passed in feces
Hexamita batrachorum North America Frogs, newts, Large intestine Ingestion of organism Enteritis 6, 14
salamanders, toads passed in feces
Karotomorpha bufonis Europe, North America Frogs, newts, Rectum Ingestion of organism None 6, 14
salamanders, toads passed in feces
Karotomorpha swezyi US Frogs, toads, Rectum Ingestion of organism None 6, 14
salamanders, newts passed in feces
Monocercomonas Worldwide Frogs, newts, Large intestine Ingestion of organism None 6, 15
batrachorum salamanders, toads passed in feces
Monocercomonoides Europe European toads, Intestine Ingestion of organism None 15
rotunda European salamanders passed in feces
Octomitus sp. US Frogs, dusky salamanders Large intestine Ingestion of organism None 20
passed in feces
Opalina sp. Worldwide Frogs, newts, toads Intestine Ingestion of organism None 3,6, 15
passed in feces
Proteromonas longifila Americas, Europe Axolotl, frogs, newts, Rectum Ingestion of organism None 15
salamanders, toads passed in feces
Protoopalina sp. Worldwide Frogs, newts, salamanders, Intestine Ingestion of organism None 3,6
toads passed in feces
Retortamonas dobelli Europe, US Frogs, newts, salamanders, Intestine Ingestion of organism None 127
toads passed in feces
Tetratrichomonas prowazeki ~ Americas, Europe Frogs, newts, salamanders, Large intestine Ingestion of organism None 11,25
snakes, toads, salamanders passed in feces
Treponemas agilis Europe Frogs, newts Intestine Ingestion of organism None 6
passed in feces
Treponemas sp. Us Leopard frogs, salamanders Intestine Ingestion of organism None 6
passed in feces
Trichomitus batrachorum Worldwide Axolotl, frogs, lizards, newts, ~ Large intestine Ingestion of organism None 22
salamanders, snakes, toads passed in feces
Trimitus parvus Europe, US European toads, frogs, garter  Intestine Ingestion of organism None 60
snakes, red-spotted newts passed in feces
Tritrichomonas augusta Americas, Asia, Europe Frogs, lizards, newts, Large intestine Ingestion of organism Hepatitis 15,124
salamanders, toads passed in feces
Amoebae
Copramoeba salamandrae ~ US Red-spotted newts Intestine Ingestion of organism None 15

passed in feces

(Continued)
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TABLE 8.2 (Continued)
Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Entamoeba currens Europe Edible frogs, toads Intestine Ingestion of organism None 6
passed in feces
Entamoeba pyrrhogaster us Red-spotted newts Intestine Ingestion of organism None 15
passed in feces
Entamoeba ranarum Europe, India, Philippine  Frogs, newts, toads Intestine Ingestion of organism Enteritis, 27
Islands, US passed in feces hepatitis,
nephritis
Mastigamoeba hylae Americas, Europe Frogs, newts, toads Intestine Ingestion of organism None 60
passed in feces
Vahlkampfia sp. Europe Frogs Intestine Ingestion of organism None 6,15
passed in feces
Vahlkampfia salamandrae ~ US Newts Intestine Ingestion of organism None 15
passed in feces
Coccidia
Cryprosporidium sp. Unknown Clawed frogs Stomach Ingestion of sporulated Gastritis, 30
oocyst in feces enteritis
Eimeria sp. Asia, Europe, US Frogs, newts, salamanders, Intestine Ingestion of sporulated None 6, 15,127
toads oocyst in feces
Lsospora jeffersonianum Us Jefferson salamanders Intestine Ingestion of sporulated None 6
oocyst in feces
Ciliates
Balantidium sp. Africa, Asia, Europe, Frogs, newts, salamanders, Intestine Ingestion of organism None 3,6, 15
North America toads passed in feces
Cepedietta sp. Africa, Europe, Axolotl, frogs, salamanders, Intestine Ingestion of organism None 44
North America toads passed in feces
Nyctotheroides cordiformis Worldwide Frogs, newts, toads Intestine Ingestion of organism None 45,129
passed in feces
Opalina obtrigonoidea Us Frogs, toads Intestine Ingestion of zygocysts in None 144
feces of tadpole
Opalina ranarum Europe Frogs, newts, toads Intestine Ingestion of zygocysts in None 144
feces of tadpole
Protoopalina sp. Africa, Australia, Europe Frogs, newts, salamanders, Intestine Ingestion of zygocysts in None 145
toads feces of tadpole
Microspora
Alloglugea bufonis South America Toads Intestine, liver, Probably ingestion of Xenoma 40
kidney, spleen spores released from formation

tissue

Myxozoa
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Myxidium serotinum [N Frogs, salamanders, toads Gallbladder Probably by actinosporeans ~ None 128
released from oligochaete
worms
Trematodes
Adult Digenetic
Brachycoelium ambystomae ~ Southeastern US Marbled salamanders Small intestine Ingestion of metacercaria None 130
in tissues of intermediate
host (snail)
Brachycoelium salamandrae  Worldwide Amphiumas, frogs, newts, Intestine Ingestion of metacercaria None 131
salamanders, toads, reptiles in tissues of intermediate
host (snail)
Brachycoelium stablefordi Eastern US Dusky salamanders Small intestine Ingestion of metacercaria None 132
in tissues of intermediate
host (snail)
Cephalogonimus [N Amphiumas Intestine Probably by ingestion of None 6
amphiumae metacercaria in
arthropod or skin of
amphibian
Cephalogonimus sp. Europe, North America Frogs Intestine Ingestion of metacercaria None 133
in skin of amphibian,
possibly by ingestion
of arthropod
Crepidostomum sp. Europe, North America Amphiumas, frogs, Intestine Ingestion of second None 55
mudpuppies, salamanders intermediate host
(arthropod)
Diplodiscus subclavatus Africa, Australasia, Europe  Frogs, newts, salamanders, Large intestine Ingestion of metacercaria None 15,134
toads in skin of amphibian
Diplodiscus unguiculatus Europe Newts Rectum Ingestion of metacercaria None 6
in skin of amphibian
Diplodiscus sp. Asia Frogs Large intestine, Ingestion of metacercaria None 6,15, 64
cloaca in skin of amphibian
Dolichosaccus rastellus Europe Frogs, newts, salamanders, Intestine Ingestion of second None 15,61
toads intermediate host
(insect, tadpole)
Glypthelmins sp. Americas, Asia Frogs, toads Intestine Ingestion of metacercaria None 6,135
formed in skin after
penetration by cercaria
Haplometrana intestinalis Western US Frogs, toads Intestine Ingestion of metacercaria None 63
formed in skin of frog
after penetration by
cercaria
Halipegus amberstensis North America Frogs Mouth, ear canal Ingestion of second None 63

intermediate host

(arthropod)

(Continued)
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TABLE 8.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Halipegus eccentricus Us Frogs Mouth, ear canal Ingestion of second Unknown 63
intermediate host
(arthropod)
Halipegus eschi Costa Rica Frogs Esophagus Ingestion of second None 136
intermediate host
(arthropod)
Halipegus occidualis North America Frogs Mouth, ear canals,  Ingestion of second None 137
pharynx intermediate host
(arthropod)
Halipegus ovocaudatus Europe, southern Africa Frogs Mouth Ingestion of second None 138
intermediate host
(arthropod)
Loxogenes arcanum North America Frogs Intestine, viscera Ingestion of metacercaria Cysts in viscera 6
encysted in second (insect)
intermediate host
Megalodiscus americanus North and Central America Amphiuma, frogs, newts, Intestine Ingestion of metacercaria None 6, 64
salamanders in skin of amphibian
Megalodiscus intermedius UsS Bullfrogs, dusky salamanders ~ Rectum Ingestion of metacercaria None 6, 64
in skin of amphibian
Megalodiscus microphagus ~ US Frogs, salamanders, toads Large intestine, Ingestion of metacercaria None 69
urinary bladder in skin of amphibian
Megalodiscus rankini [ON Red-spotted newts Intestine Ingestion of metacercaria None 6
in skin of amphibian
Megalodiscus temperatus Americas Amphiumas, frogs, newts, Large intestine Ingestion of metacercaria None 15,153
salamanders, toads in skin of amphibian
Opisthioglyphe ranae Africa, Europe Frogs, newts, salamanders, Intestine Ingestion of second None 15, 66,
toads intermediate host 154
(arthropod)
Plagitura parva Eastern US Red-spotted newts Small intestine Ingestion of metacercaria None 158
in tissue of second
intermediate host
(snail, insect)
Plagitura salamandra Eastern US Red-spotted newts, Small intestine Ingestion of metacercaria None 159
salamanders in tissue of second
intermediate host
(snail, insect)
Pleurogenes claviger Europe Frogs, newts, toads Small intestine Ingestion of second None 15
intermediate host
(arthropod)
Pleurogenes medians Europe, Africa Frogs, newts, toads Small intestine Ingestion of metacercaria None 6, 155

encysted in second

intermediate host (insect)

or in skin of tadpole
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Prosotocus confusus Asia, Europe Frogs, toads Small intestine Ingestion of second None 156
intermediate host
(arthropod)
Telorchis sp. North America Amphiuma, mudpuppies Intestine Ingestion of second Unknown 160
intermediate host
(arthropod)
Larval digenetic
Cotylurus variegatus Europe Frogs Liver Unknown Unknown 161
Echinoparyphium Worldwide Frogs, newts, toads Liver, kidneys Penetration by cercaria Unknown 162
recurvatum released from snail
Gorgodera amplicava North America Tadpoles of frogs, larvae of Intestinal wall Ingestion of cercaria Unknown 73
spotted salamanders released from snail
Cestodes
Adult
Bothriocephalus rarus US Newts, two-lined salamanders Small intestine Ingestion of intermediate Weakness, 83
(Eurycea bislineata) host (copepod) or newt debilitation,
larva death
Cephalochlamys Great Britain, South African clawed toads Small intestine Unknown Unknown 86
namaquensis southern Africa
Gylindrotaenia americana Americas Frogs, salamanders, toads, Small intestine Unknown Unknown 163
lizards, softshell turtles,
snakes
Cylindrotaenia quadrijugosa  North central US Leopard frogs Small intestine Unknown Unknown 15
Distoichometra bufonis Southeastern US Toads Small intestine Unknown Unknown 15
Nematotaenia dispar Africa, Asia, Europe Frogs, newts, salamanders, Small intestine Unknown Intestinal 16
toads obstruction,
death
Ophiotaenia perspicua Americas Leopard frogs, garter snakes,  Intestine Ingestion of intermediate Unknown 15
water snakes host (copepod) or frog
tadpole or fish
Ophiotaenia saphena North central US Frogs Small intestine Ingestion of intermediate Unknown 15
host (copepod)
Ophiotaenia sp. North America Amphiumas, frogs, Small intestine Unknown Unknown 6, 15
mudpuppies, salamanders,
toads
Larval
Ligula intestinalis Asia, Europe, Tiger salamanders Intestine Ingestion of first Unknown 6
North America intermediate host
(copepod)
Ophiotaenia perspicua Us Frogs Liver Ingestion of first Unknown 6

intermediate host

(copepod)

(Continued)
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TABLE 8.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Nematodes
Camallanidae
Procamallanus slomei Southern Africa South African clawed toads Stomach Ingestion of copepod Embeds head 6
deeply in
stomach wall,
apparently
ingests blood,
causes trauma
Cosmocercidae
Aplectana acuminata Africa, Americas, Europe Frogs, newts, salamanders, Intestine Probable ingestion of Possible debilitation, 16
toads embryonated eggs or intestinal
infective larva obstruction,
peritonitis, death
Cosmocerca commutata Europe, South America Frogs, newts, salamanders, Intestine Probable ingestion of Debilitation, 6
toads embryonated eggs or intestinal
infective larva obstruction,
death
Cosmocerca ornata Europe Frogs, newts, toads Intestine Probable ingestion of Possible debilitation, 164
embryonated eggs or intestinal
infective larva obstruction,
peritonitis, death
Cosmocercoides dukae North America Frogs, newts, salamanders, Intestine Probable ingestion of Possible debilitation 165
toads, box turtles, embryonated eggs or intestinal
hognose snakes infective larva obstruction,
peritonitis, death
Oxysomatium americana (0N Frogs, salamanders, toads Large intestine Probable ingestion of Possible debilitation, 6
embryonated eggs or intestinal
infective larva obstruction,
peritonitis, death
Oxysomatium Europe Frogs, toads, European Large intestine Probable ingestion of Possibly causes 166
brevicaudatum salamanders, newts embryonated egg or debilitation,
infective larva intestinal
obstruction,
peritonitis, death
Oxyuroidea
Falcaustra catesbeianae uUS Frogs Large intestine Probable ingestion of Unknown 6
embryonated egg
Thelandros magnavulvaris ~ US Red-spotted newts, Intestine Ingestion of embryonated Unknown 6

salamanders

cgg

Trichostrongyloidea
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Oswaldocruzia leidyi North America Frogs, salamanders, toads, Small intestine Ingestion of infective larva Possible debilitation, 168
box turtles, geckoes intestinal
obstruction,
peritonitis, death
Oswaldocruzia Americas Frogs, mudpuppies, toads Small intestine Ingestion of infective larva Possible debilitation, 15
subauricularis intestinal
obstruction, death
Oswaldocruzia goezi Asia, Europe Frogs, toads, European Small intestine Ingestion of infective larva Possible debilitation, 6
salamanders, common intestinal
newts obstruction, death
Oswaldocruzia bialata Africa, Asia, Europe Frogs, toads Small intestine Ingestion of infective larva Possible debilitation, 6
intestinal
obstruction, death
Oswaldocruzia sp. Asia, Europe Frogs, newts, salamanders, Small intestine Ingestion of infective larva Possible debilitation, 6
toads, European lizards intestinal
obstruction, death
Pharyngodonidae
Pharyngodon sp. Africa, Asia, Europe Salamanders, newts (also Intestine Probably by ingestion of Unknown 169
found in European lizards) embryonated egg
Spiruroidea
Spiroxys contortus Africa, Europe, Red spotted newts, turtles Stomach Ingestion of copepod or Penetrates mucosa, 170
North America transport host (fish, causes abscess
amphibian) formation in
stomach,
duodenal wall
Trichuroidea
Amphibiocapillaria Worldwide Amphiumas, frogs, newts Intestine Probably by ingestion Unknown 171
tritonispunctati of embryonated egg or
earthworm
Acanthocephala
Acanthocephalus sp. Worldwide Frogs, newts, salamanders, Intestine Probably by ingestion of Enteritis 6
toads, turtles, water snakes isopod or amphipod
Acanthocephalus ranae Europe Frogs, newts, salamanders, Stomach, intestine Ingestion of intermediate Traumatic gastritis, 101, 172
toads host (isopod) enteritis,
sometimes death
Centrorhynchus aluconis Asia, Europe Frogs, toads Intestine Ingestion of insect larva Unknown 173
Corynosoma semerme Europe Edible frogs Intestine Ingestion of aquatic Unknown 6
crustacean (amphipod)
Leprorhynchoides thecatus us Amphiumas, mudpuppies, Intestine Probably by ingestion of Unknown 174
fishes amphipod
Neoechinorhynchus rutili Europe Edible frogs, fishes, turtles Stomach, intestine Ingestion of intermediate Intestinal occlusion, 175
host (ostracod) gastritis, enteritis
Pomphorhynchus bulbocolli  Eastern US Red-spotted newts, fishes Intestine Ingestion of amphipod Enteritis 55
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TABLE 8.3 Darasites of amphibians—skin, connective tissue, musculoskeletal system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Flagellates
Oodinium pillularis Europe Axolotl, frogs, newts Skin, gills Direct contact with free- Heavy infections cause 15
living stage in water gray coating on skin,
gills; debilitation;
impaired respiration;
sometimes death
Piscinoodinium sp. Worldwide Larval amphibians Skin, gills Direct contact with free- Localized granuloma 18
living stage (trophont)
in water
Microsporidia
Pleistophora myotropica  Europe European toads Muscle Ingestion of invertebrate Anorexia, emaciation, 39
mechanical vector death
Myxozoa
Glugea danilewskyi Europe Grass frogs, Muscle Unknown Intramuscular cysts 15
European pond
terrapins, water snakes
Mysxobolus conspicuous ~ US Red-spotted newts Muscle Probably ingestion of spores Unknown 15
released from tissue
Ciliates
Trichodina fultoni us Mudpuppies Gills Direct contact with Unknown 48
organism in water
Trichodina pediculus North America, Frogs Skin Direct contact with Unknown 48
Europe, Asia organism in water
Trematodes
Adult Monogenetic
Gyrodactylus sp. Europe, Frogs, fishes Skin, gills Direct transmission of Asphyxiation 56
North America infective larvae
Sphyranura sp. North America Mudpuppies Gills Direct contact Ingests blood, causes 63, 146
frayed gills,
sometimes asphyxiation
Larval digenetic
Alaria alata Europe Frogs, European toads, Skin, subcutis, Penetration by cercaria None 6
snakes muscle released from snail
Alaria intermedia us Leopard frogs, garter Muscle, kidneys, Penetration by cercaria Unknown 6
snakes pericardium released from snail
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Alaria sp.

Allassostomoides parvum
Cercaria vesiculosa
Clinostomum
attenuatum
Clinostomum
complanatum
Codonocephalus
urnigerus
Dasymetra conferta
Dasymetra villicaeca
Diplostomulum
vegrandis
Diplostomulum xenopi
Diplostomulum sp.
Encyclometra
colubrimurorum
Euparyphium melis
Euryhelmis monorchis
Euryhelmis squamula
Fibricola cratera
Glypthelmins
pennsylvaniensis
Glypthelmins quieta
Lechriorchis sp.
Ochetosoma sp.
Opisthioglyphe xenopi

Pleurogenes medians

Ratzia parva
Tetracotyle crystallina

North America

North America

Canada
North America

Asia, Eastern Europe

Europe

North America

(8N

(0N

Africa, Britain,
North America

North America

Europe, Asia

Asia, Europe,
North America

North America

Europe

North America

(8N

Americas, Asia

North America

North America

Southern Africa

Africa, Europe

Africa, Europe
North America

Tadpoles, occasionally
adult frogs, toads,
salamander larvae

Tadpoles of leopard frogs

Frogs

Frogs, salamanders (also

found in snakes)

Frogs, humans

Frogs, snakes

Tadpoles of frogs

Tadpoles of frogs

Tadpole of leopard frogs,
snakes

South African clawed
toads

Salamanders

Frogs

Tadpoles of frogs

Frogs

Frogs, toads, newts

Frogs

Frogs

Frogs

Frogs

Tadpoles of frogs

South African clawed toads

Frogs

Edible frogs
Leopard frogs

Skin, subcutis,
muscle

Skin

Throat muscle
Muscle

Muscle

Skin, subcutis,
muscle

Muscle

Muscle

Muscle

Pericardial sac

Body cavity

Muscle

Tail

Skin, subcutis

Skin

Skin, muscle,
body cavity

Skin

Skin, intestine

Muscle

Muscle

Skin

Skin

Muscle
Muscle

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Unknown

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Ingestion of cercaria
released from snail

Ingestion of cercaria released
from snail

Ingestion of cercaria released
from snail

Ingestion of cercaria released
from snail

Ingestion of cercaria released
from snail

Ingestion of cercaria released
from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Penetration by cercaria
released from snail

Ingestion of cercaria
released from snail

Ingestion of cercaria
released from snail

Ingestion of cercaria
released from snail

Penetration by cercaria
released from snail

Unknown

Unknown

None

Unknown

Unknown
Unknown

Unknown
Unknown
Unknown
Unknown
Unknown
Exudative pericarditis
Unknown
Unknown
Unknown

Skin vesicles, cysts
Unknown
Unknown
Unknown
Unknown
Unknown
Unknown
Unknown
Unknown

Unknown
Unknown

6, 63

192

193

194

195

196

197

198

199

200

70

72

201

155

202
6

(Continued)
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TABLE 8.3 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Zeugorchis eurinus UsS Tadpoles of frogs Muscle Ingestion of cercaria released Unknown 6
from snail
Zeugorchis signatus Europe Tadpoles of frogs Muscle Ingestion of cercaria released Unknown 6
from snail
Cestodes
Larval
Diphyllobothrium Australasia, Europe, Frogs, newts, salamanders, Muscle, connective  Ingestion of first intermediate Larval migration causes 90
erinacei South America toads, snakes, turtles tissue host (copepod) or immature mechanical damage
amphibian
Diphyllobothrium Americas, Asia, Frogs Various tissues Ingestion of first intermediate Unknown 60
latum Europe host (copepod)
Schistocephalus solidus Europe Edible frogs, fishes Body cavity Ingestion of first intermediate Unknown 6
host (copepod)
Spirometra mansonoides  US Frogs, newts, salamanders, Muscle Ingestion of first intermediate Unknown 89
toads, snakes, turtles host (copepod) or amphibian
or reptile
Leeches
Batrachobdella algira Eastern Europe Frogs Skin Direct contact Unknown 6
Haementeria costata Asia, Europe Edible frogs, European Skin Direct contact Vector of 15,176
pond terrapins Haemogregarina
Hemiclepsis marginata Asia, Europe Frogs, turtles Skin Direct contact Unknown 15,177
Limnatis nilotica Africa, Europe Edible frogs Skin Direct contact Unknown 178
Macrobdella sp. UsS Frogs Skin Direct contact Unknown 6
Oligobdella biannulata ~ US Dusky salamanders Skin Direct contact Unknown 6
Placobdella montifera UsS Frogs, toads Skin Direct contact Unknown 55
Nematodes
Filaroidea
Foleyella duboisi Israel Edible frogs Body cavity, Bite of mosquito Mesenteric cysts 15
mesentery
Foleyella sp. North America Frogs Body cavity, Bite of mosquito Mesenteric cysts 99, 182
mesentery
Icosiella neglecta Africa, Asia, Europe Frogs Subcutis Bite of mosquito or midge Subcuticular cysts 15,99
Icosiella usS Amphiumas, frogs Body cavity, Probably bite of mosquito Mesenteric cysts 16
quadrituberculata mesentery
Arthropods

Insecta
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Diptera (Flies)

Aedes sp. Worldwide Frogs, other vertebrates Skin Direct contact Ingests blood, transmits 183
pathogens
Anolisimuyia blakeae [N Green anoles Skin Direct contact Myiasis 6
Batrachomyia Australia Treefrogs, toads Skin Direct contact Myiasis 60
mertensi (larva)
Bufolucilia bufonivora Worldwide Toads, frogs, newts, Nostrils, deeper Direct contact Myiasis 106
salamanders tissues
Bufolucilia sylvarum Africa, Europe, Toads, frogs Nostrils, deeper Direct contact Myiasis 190
North America tissues
Culex sp. Worldwide Frogs, snakes Skin Direct contact Ingests blood, transmits 183, 184
pathogens
Forcipomyia North America Leopard frogs Skin Direct contact Ingests blood, transmits 184
Jfairfaxensis (midge) pathogens
Lucilia porphyrina Asia Toads Skin, orbit Direct contact Myiasis, death 185
(larva)
Phlebotomus China Toads Skin Direct contact Ingests blood, transmits 186
squamirostris trypanosomes
Phlebotomus sp. UsS Frogs, toads Skin Direct contact Ingests blood, transmits 6
pathogens
Sarcophaga ruralis Europe European toads Skin Direct contact Myiasis 6
Arachnida
Ticks (Hard)
Amblyomma dissimile Americas Toads, reptiles Skin Direct contact Irritation 187
Amblyomma Americas Toads, reptiles Skin Direct contact Irritation 6
rotundatum
Ticks (Soft)
Ornithodoros erraticus Africa, Asia, Europe Toads, reptiles Skin Direct contact Probably causes 16
irritation, trauma
Mites
Prostigmates
Eutrombicula Americas Toads, reptiles, humans, Skin Direct contact None 188
alfreddugesi other vertebrates
Eutrombicula insularis West Indies Anoles Skin Direct contact Unknown 15
Eutrombicula splendens  Southeastern US Treefrogs, lizards, snakes Skin Direct contact None 189
Hannemania sp. Worldwide Frogs, salamanders, toads ~ Skin Direct contact Dermal vesicles 109, 110
Mollusks (Larval clams)
Anodonta cygnaea Europe Axolotl Gills Direct contact Local inflammation 115

(Continued)
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TABLE 8.3 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Megalonaeas gigantean uUS Mudpuppies Gills Direct contact Local inflammation 115

Simpsonichoncha uUsS Mudpuppies Gills Direct contact Local inflammation 115
ambigua

Crustaceans

Argulu: americanus (SN Frogs, newts, Skin Direct contact Anemia, dermatitis 55

salamanders, fishes

Argulus japonicus Worldwide Tadpoles of leopard frogs Skin Direct contact Anemia, dermatitis 55,16

Lernaea cyprinacea Worldwide Frogs, newts, salamanders ~ Gills, skin Direct contact Trauma of gills, skin 55

Lernaea ranae US Tadpoles of green frogs Gills Direct contact Trauma of gills, skin 55
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TABLE 8.4 Darasites of amphibians—Respiratory, nervous, urogenital systems, and miscellaneous tissues.

Geographic Location in Method of Pathologic
Parasite distribution Hosts host infection effects Reference
Coccidia
Lsospora Europe Frogs, toads Kidneys Ingestion of Nephritis 203, 204
lieberkiiehni sporulated oocyst
passed in urine
Leprotheca Europe, North Frogs, toads Kidneys Ingestion of Renal hypertrophy, 204
ohlmacheri America organism congestion
passed in urine
Pleistophora bufonis Europe, North Toads Bidder’s organ Unknown Unknown 6
America
Trichodina Africa, Europe, Edible frogs, Urinary bladder Direct contact with Unknown 3
urinicola North America newts, toads organism in water
Ciliates
Glaucoma sp. UsS Axolotl Brain, spinal cord Unknown Unknown 15
Trichodina Africa, Europe, Frogs, newts, Urinary bladder Ingestion of organism  None 47
urinicola North America toads passed in urine
Microsporidia
Myxosoma ranae Australia, Europe Grass frogs, Various tissues Probably ingestion Unknown 15
treefrogs of spores released
from tissue
Trematodes
Adult Monogenetic
Polystoma sp. Worldwide Frogs, toads Urinary bladder, Direct transmission Ingests blood; 15, 58, 146
gills of infective larvae pathologic effects
slight
Adult Digenetic
Gorgodera North America Frogs, salamanders, Kidneys, urinary Ingestion of second Heavy infections 73
amplicava toads bladder intermediate host cause listlessness,
(frog tadpole, anorexia, uremia,
salamander larva, death
snail, crayfish)
Gorgodera Europe, Frogs, salamanders, Urinary bladder Ingestion of second Heavy infections 147
cygnoides North America toads intermediate host cause listlessness,

(frog tadpole,
salamander larva,
snail, crayfish)

anorexia, uremia,

death

(Continued)
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TABLE 8.4 (Continued)

Geographic Location in Method of Pathologic
Parasite distribution Hosts host infection effects Reference
Gorgoderina Americas Frogs, newts, snakes Kidneys, urinary Ingestion of second Heavy infections cause 147
attenuata bladder intermediate host listlessness, anorexia,
(frog tadpole, uremia, death
salamander larva,
snail, crayfish)
Gorgoderina Africa, Asia, Frogs, toads Urinary bladder Ingestion of second Heavy infections 60, 148
vitelliloba Europe intermediate host cause listlessness,
(frog tadpole, anorexia, uremia,
salamander larva, death
snail, crayfish)
Gorgoderina sp. Americas Frogs, newts, Urinary bladder Ingestion of second Anorexia, uremia, 6, 60, 149
salamanders, intermediate host death
toads (frog tadpole,
salamander larva,
snail, crayfish)
Phyllodistomum North America Toads, salamanders Urinary bladder Ingestion of second Unknown 6
americanum intermediate host
(arthropod)
Phyllodistomum Eastern US Dusky salamanders Urinary bladder Ingestion of second Unknown 6
solidum intermediate host
(arthropod)
Larval Digenetic
Allocreadium Europe Grass frogs Various tissues Penetration by Unknown 6
anguisticolle cercaria released
from snail
Apharyngostrigea [N Tadpoles of Various tissues Penetration by Unknown 6
pipientis leopard frogs, cercaria released
treefrogs from snail
Cercaria elodes UsS Tadpoles of Notochord Unknown Unknown 6
leopard frogs
Diplostomum [N Tadpoles of frogs, Eye lens Penetration by Unknown 157
Sflexicaudum American toads cercaria released
from snail
Diplostomulum Us Red-spotted newts, Eyes, brain Penetration by Local hemorrhages 78
scheuringi greater sirens cercaria released
(Siren lacertina) from snail
Echinoparyphium North America Frogs Kidneys Penetration by Unknown 205
flexum cercaria released
from snail
Echinoparyphium Europe Edible frogs Various tissues Penetration by Unknown 6
spinigerum cercaria released
from snail
Echinostoma Worldwide Amphibians Various tissues Penetration by Unknown 210
revolutum cercaria released

from snail
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Echinostoma xenopi Southern Africa South African Brain, subcutis Penetration by Unknown 6
clawed toads cercaria released
from snail
Gorgodera North America, Frogs, toads Urinary bladder Penetration by Unknown 206
cygnoides Europe cercaria released
from clam
Haematoloechus Africa, Europe Frogs, toads Lungs Ingestion of second Anemia 6, 15,150
asper intermediate host
(arthropod)
Haematoloechus sp. Americas Frogs Lungs Infection of second Anemia 6,63, 151
intermediate host
(arthropod)
Haplometra Europe Frogs, European Lungs Ingestion of second None 15,61, 76, 152
cylindracea toads intermediate host
(water beetle)
Hypoderaeum Asia, Europe, Edible frogs Various tissues Penetration by Unknown 211
conoideum North America cercaria released
from snail
Leprophallus Africa, Europe Tadpoles of frogs, Various tissues Penetration by Unknown 6
nigrovenosus newts, toads, cercaria released
lizards from snail
Neascus sp. Great Britain, South African Lateral line system Unknown Local proliferation 82
southern Africa clawed frogs of melanophores,
death
Sphaerostoma Europe Treefrogs Various tissues Penetration by Unknown 6
bramae cercaria released
from snail
Strigea elegans uUs Tadpoles of frogs, Various tissues Penetration by cercaria ~ Unknown 209
American toads, released from
larva of marbled snail or ingestion
salamander; snakes of tadpole
Cestodes
Larval
Mesocestoides sp. [N Leopard frogs, Kidneys, liver, Ingestion of Unknown 207
toads, lizards, intestinal wall, unknown first
snakes mesentery intermediate host
Nematodes
Rhabditoidea
Rhbabdias Asia, Europe Frogs, toads Lungs Ingestion of infective Unknown 179
bufonis larva or penetration

of skin by larva

(Continued)
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TABLE 8.4 (Continued)

Geographic Location in Method of Pathologic
Parasite distribution Hosts host infection effects Reference
Rhabdias uUs Frogs Lungs Ingestion of Unknown 6
entomelas infective larva or
penetration of skin
by larva
Rbabdias North America Frogs, toads, snakes Lungs Ingestion of larva or Unknown 180
ranae penetration of skin
by larva
Rbhabdias Europe Frogs, toads Lungs Ingestion of infective Unknown 6
rubrovenosa larva or penetration
of skin by larva
Rhabdias Central America, Toads Lungs Ingestion of infective Unknown 181
sphaerocephala Europe larva or
penetration of
skin by larva
Arthropods
Arachnida
Mites
Lawrencarus sp. Worldwide Toads Nasal passages Direct contact Unknown 16
Xenopacarus Southern Africa South African Nasal passages Direct contact Unknown 208

africanus

clawed toads
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INTRODUCTION

Reptiles are used as animal models in biomedical research
for studies involving cardiovascular physiology, environ-
mental toxicology, evolutionary and reproductive biology,
vector-borne diseases, and others; and as sources of snake
venoms important in human medicine. Reptiles are readily
available through vendors in both the United States and
Europe, and may originate through captive breeding pro-
grams or through capture of wild animals. While the former
are often free of parasites, the latter may harbor a wide
range of commensal or parasitic organisms. Therefore,
people involved in the care and/or use of reptiles in bio-
medical research or teaching should be familiar with the
parasitic fauna of these important animal models.

PROTOZOA

Phylum Sarcomastigophora
Class Mastigophora (flagellates)

Giardia, Hexamita, Trichomonas

Morphology. The flagellates identified in reptiles are
morphologically similar to those observed in other vertebrates.
The interested reader is directed to Chapter 8, Parasites of
Amphibians, for morphologic descriptions.

Hosts and Life Cycle. Flagellates may be found in
snakes, lizards, chelonians, and crocodilians. Reproduction
is by simple binary fission. Some species form cysts. The
transmission of these organisms is direct. These organisms
can be found in both the urogenital and gastrointestinal
systems of reptiles.

Pathologic Effects and Clinical Disease. The intestinal
flagellates of reptiles are often found in asymptomatic
animals, typically during routine fecal examinations, but have
also been implicated in primary enteric disease. Heavy
burdens of intestinal flagellates may cause inflammatory
bowel disease or nephritis. Affected reptiles may be anorexic
and lose weight. Diarrhea is a common finding, and melena
may be observed with small bowel disease. Frank hemorrhage
may also be noted with large bowel infection or chronic
straining. Severe dehydration may result without treatment.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is made from a direct saline fecal or urine smear.
Postmortem diagnosis is made from histopathologic find-
ings of inflammatory bowel disease and the presence of the
organisms. Reptiles with flagellated protozoa that are not

Tables are placed at the ends of chapters.
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experiencing clinical disease should not be treated. Treating
animals based purely on the presence of the organisms could
lead to alterations in the microflora, allowing certain oppor-
tunistic pathogens (e.g., bacterial or protozoal) an opportu-
nity to exploit the host. In cases where clinical disease is
associated with the presence of the flagellates, the treatment
of choice is metronidazole given orally (50 to 100 mg/kg)
for seven to 10 days. Avoid using high doses (>100 to
150 mg/kg), because these can be associated with hepatic
encephalopathy or death. Wild-caught animals under quar-
antine should be screened for parasites before being released
into the colony. At least four consecutive weekly fecal exam-
inations should be done before newly arrived animals are
released from quarantine.

Public Health Considerations. Flagellates of reptiles
are not likely to infect humans. However, caretakers should
always practice good hygiene by wearing disposable gloves
and washing their hands thoroughly after handling infected

animals.

Class Sarcodina (amoebae)

Entamoeba invadens
Morphology. Entamoeba invadens (Syn. Entamoeba ser-
pentis) closely resembles E. histolytica. Trophozoites are
amoeboid, actively motile, can vary their shape and size,
and typically measure 16 p in diameter (Figure 9.1). The
endoplasm is dense and contains a nucleus and food vacuoles
filled with host-cell debris, leucocytes, or bacteria. Cysts
are indistinguishable from those of E. histolytica, and
measure 11 p to 20 p in diameter and contain one to four
nuclei, a glycogen vacuole, and chromatoid bodies.

Hosts. Entamoeba invadens is one of the most impor-
tant pathogens of captive snakes and lizards worldwide'.

10p

Fig. 9.1 Entamoeba invadens. (Left) Trophozoite. (Right) Cyst. Repro-
duced from Fantham, H.B. and Porter, A. (1953-1954) with permission.
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Infections occur primarily in the intestines, although
gastric and hepatic infections also occur.

Life Cycle. Reproduction is by binary fission and the
infective stage is the cyst’. Trophozoites become round and
small before encysting. A cyst wall is produced and the
nucleus divides twice, producing four small nuclei. The
quadrinucleate cyst is passed in the feces, and when ingested
by a suitable host, emerges as an amoeba with four nuclei.
This amoeba divides several times and produces small uni-
nucleate amoebas, each of which develops into a trophozoite.

Pathologic Effects. Most snakes and lizards are sus-
ceptible to infection with E. invadens, where infection
often results in significant morbidity and mortality’.
Chelonians can harbor E. invadens but typically only serve
as asymptomatic carriers or reservoirs of the parasite. This
can pose a problem in multispecies exhibits where cheloni-
ans are mixed with lizards and snakes. Crocodilians also
appear relatively unaffected by this parasite.

Although the organisms may cause minor damage in
the lungs, spleen, pancreas, and kidneys4, the most severe
lesions occur in the gastrointestinal tract and liver’.
Lesions in the colon and liver are typical and appear to be
primary; those in the small intestine and stomach appear
to be secondary. In the colon, discrete, irregular ulcers
develop in the mucosa and measure 1 mm to 5 mm in
width. Adjacent tissues are first congested and edematous
and later necrotic. The initial lesions rapidly extend to the
entire colonic mucosa, and the wall becomes thickened,
intensely congested, and inelastic. The submucosa and
muscularis become involved, and the organism enters the
blood and lymph vessels. Lesions in the small intestine
(ileum) appear to be extensions of those in the large intes-
tine. They are often as widespread as those in the colon,
but the necrosis usually involves only the mucosa and
superficial submucosa. Blood-stained mucus containing
large numbers of cysts and trophozoites fills the lumen.

Initial lesions in the stomach consist of cone-shaped
ulcers, measuring approximately 2 mm in diameter and
1 mm in depth. The ulcers can extend into the submucosa,
and be filled with a soft friable, blood-stained mass of exu-
dates and debris containing many trophozoites. Although
the ulcers increase in size and number, they rarely coalesce.
The liver is mottled, pale brown to dark red, and usually
swollen and friable. Focal necrosis of the hepatic
parenchyma occurs but is often obscured by thromboem-
bolic disease caused by obstruction of the portal vein.
Macroscopically, hepatic lesions appear as necrotic foci
that measure 1 cm to 4 cm in diameter.

179

Clinical Disease. Signs of infection are usually non-
specific and localized to the gastrointestinal tract. Affected
animals may develop anorexia, weight loss, dehydration,
diarrhea, and frank hemorrhage in the feces®. Death usu-
ally occurs in two to 10 weeks. Animals that survive for
extended periods often become severely dehydrated and
cachexic.

Diagnosis. Diagnosis is based on the microscopic
demonstration of cysts and trophozoites in the feces of the
living animal or in the lesions at necropsy. Saline enemas
may be given to reptiles to collect samples for screening’.

Treatment. Effective treatment consists of metron-
idazole (125 mg/kg repeated twice at 72 and 96 hours® or
275 mg/kg given once’). Infections may also be amelio-
rated with gentamicin (2.2 to 4.4 mg/kg every 72 hours
for five treatments) or chloramphenicol (50 mg/kg twice
daily for 14 days)°. It is important to consider the animal’s
environmental temperature when treating affected animals
with these compounds. Temperatures above 37°C and
below 13°C reduce pathogen survival and/or virulence®.

Prevention. Control is based on sanitation and pro-
phylactic treatment. All newly acquired reptiles should be
screened for infection with E. invadens. Animals should
not be released from quarantine until they have been
shown to be parasite-free following at least three fecal
examinations over a 60-day period. Because turtles may
serve as reservoirs of infection for snakes and lizards, these
should not be housed together. Further, water from turtle
enclosures should be prevented from reaching snakes, and
separate cleaning and feeding utensils should be used for
these different reptiles.

Public Health Considerations. Humans have not
been shown to be susceptible to infection with E. invadens.

Phylum Apicomplexa
Class Coccidia

Cryptosporidium sp.

Morphology. Cryprosporiduim sp. found in reptiles
include C. serpentis and C. saurophilum. Cryptosporidium
serpentis oocysts measure 5.6 p to 6.6 p long by 4.8 p to
5.6 p wide. Cryptosporidium saurophilum oocysts are
slightly more narrow, measuring 4.4 p to 5.6 p long by
4.2 t05.2 pwide’.

Hosts. Cryptosporidium serpentis is most commonly
found in the stomach of snakes, while C. saurophilum is
primarily found in the intestinal tract of lizards. Chelonians
can also become infected, but less commonly.
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Life Cycle. The life cycles of Cryprosporidium found
in reptiles are assumed to be similar to those of others in
the genus. Typical of the genus, sporulation occurs in the
host cells, ensuring that the oocysts are infective when
passed with the feces. Transmission occurs via the fecal-
oral route. In the captive setting, oocysts can be easily dis-
seminated within an enclosed environment.

Pathologic Effects and Clinical Disease. Infection
with C. serpentis results in loss of the brush border, flatten-
ing of the epithelial cells, and proliferation of gastric
mucous cells®. Infections with C. saurophilum can lead to
similar epithelial changes in the intestines, resulting in
enteritis’. Affected animals may be asymptomatic. How-
ever, most cases presented to veterinarians present with
clinical disease. In snakes, the clinical course may include
anorexia or a voracious appetite, vomiting/regurgitation of
recently eaten meals, weight loss, dehydration, and gastric
swelling. Infections with C. saurophilum can lead to similar
clinical findings, including anorexia, weight loss, and
diarrhea; however, the stomach is not usually involved.
An unusual presentation for cryptosporidiosis may also
occur in green iguanas, where the animals develop aural
abscesses.

Diagnosis. Diagnosis is by examination of direct
smears, acid-fast staining of feces, or examination of gastric
lavage samples from infected animals. An immunofluores-
cent antibody stain (IFA) (Merifluor, Meridian Diagnostic,
Cincinnati, OH) can also be used, and increases the likeli-
hood of confirming a diagnosis. Diagnosis by fecal exami-
nation is complicated by the intermittent shedding of
oocysts. Gastric or intestinal biopsies with histopathologi-
cal review of the samples may confirm the diagnosis. For
large collections, diagnostic necropsies may be warranted.

Treatment and Prevention. There is no effective
treatment for cryptosporidiosis in any host species. Anti-
biotics, bovine hyperimmune bovine colostrum, altering
environmental temperature, and immunization with
oocyst wall antigens have all been attempted and found to
provide some relief, but do not consistently eliminate the
organism. At this time, culling infected animals is recom-
mended. Strict hygiene and quarantine are essential to
controlling cryptosporidiosis. Animals should be quaran-
tined prior to admission into the collection. Serial fecal
samples should be examined weekly using an acid-fast
stain. Prior to release from quarantine it is advisable to test
a pooled fecal sample with the Merifluor IFA test.

Public Health Considerations. Reptilian crypto-
sporidial organisms do not appear to be zoonotic.
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Sp
Fig. 9.2  Eimeria scriptae oocyst. Reproduced from Sampson, J.R. and
Ernst, J.V. (1969) with permission.

Eimeria spp.

Morphology. The morphology and biology of the Eimeria
spp. are presented in the chapters on parasites of birds,
rabbits, and others. Briefly, Eimeria oocysts, when sporu-
lated, contain four sporocysts, each with two sporozoites
(Figure 9.2)°.

Hosts. Several species of Eimeria may be found in
captive reptiles, including snakes, lizards, chelonians, and
crocodilians®!'. Most Eimeria inhabit the intestine, but
some of those occurring in snakes are found in the gall-
bladder and bile duct, and rarely, in the kidneys.

Life Cycle. The life cycles of the Eimeria are as
described in other chapters. Briefly, reptiles become
infected after ingesting oocysts. Schizogony occurs in the
epithelial lining of various organ systems, depending on
parasite species. Qocysts are shed with the feces following
gametogony.

Pathologic Effects. The pathologic effects of coccidia
appear mild for most reptiles; however, more severe cases
resulting in epithelial ulceration and fibrosis, and sep-
ticemia from the loss of epithelial integrity, may occur. For
example, E. bitis infections in garter snakes have been
found to cause denuding of the mucosa and extensive
fibrosis of the submucosa of the gallbladder!.
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Clinical Disease. Reptiles infected with Eimeria may
be asymptomatic, or show clinical signs consistent with
gastrointestinal disease. Clinically affected reptiles may be
anorexic, dehydrated, and have diarrhea. Regurgitation
and vomiting can occur but are rare.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by direct saline fecal smear or fecal
flotation. Biliary and renal coccidial infections are gener-
ally diagnosed at necropsy. Several antibiotics and anti-
protozoal agents have been suggested as possible treatments
for coccidial infections in reptiles, though few controlled
studies have been reported. Sodium sulfamethazine in the
drinking water at a level of 7 g/L has been suggested as a
treatment for reptiles, but its effectiveness is unknown!'?.
Recommendations using trimethoprim-sulfadiazine in
both parenteral (30 mg/kg intramuscularly once a day for
two days, then every 48 hours for five days) and oral forms
(30 mg/kg once, then 15 mg/kg once per day for 14 to
21 days) have also been published'. Because sulfonamides
are coccidiostatic, most infections are only controlled
and not eliminated with these drugs. Control is based on
sanitation and prophylactic treatment.

All newly acquired reptiles should be screened for
infection with Eimeria. Animals should not be removed
from quarantine until they have been shown to be parasite-
free on at least three fecal examinations over a 60-day
period. In cases where a colony is positive, it is generally
prudent to prophylactically treat the animals during times
of high stress to reduce the likelihood of overwhelming
infections.

Public Health Considerations. None of the species
of Eimeria of reptiles are known to infect humans.

Isospora spp.

The morphology, biology, and clinical effects of Isospora
are generally similar to those of Eimeria. Isospora spp. can
be differentiated from Eimeria spp. by the fact that its
oocyst produces two sporocysts, each with four sporozoites
(Figure 9.3)'. Lsospora spp. have been reported in snakes,
lizards, and crocodilians. Infections are found in the intes-
tine. [sospora amphiboluri, a coccidian parasite of bearded
dragons, causes severe pathologic changes in juvenile drag-
ons. Diagnosis, treatment, and prevention are as described
for Eimeria of reptiles. Humans are not susceptible to
infection with Zsospora spp.

Hemogregarines
Morphology. The forms found in the blood of captive
reptiles (Figure 9.4) vary with the stage of the life cycle and
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Fig. 9.3  ILospora lieberkiihni oocyst. Reproduced from Wenyon, C.M.
(1926) with permission.

species of host”!®. The most common genera of hemogre-
garines found in reptiles include Haemogregarina, Hepato-
zoon, Karyolyses, Lainsonia, and Schellackia. Intracellular
gamonts range in size from 10 to 17 plong by 2 pto 4 p
wide.

Hosts. Hemogregarines are the most common blood
protozoa of wild-caught snakes and turtles. Classification
schemes differ from author to author. For this text, classifi-
cation of reptilian hemogregarines is based on features of
the life cycle. There are two suborders of importance:
Eimeriorina and Adeleorina. Lainsonia and Schellackia are
included among the Eimeriorina. These parasites are usu-
ally found in lizards and snakes. The Adeleorina include
Haemogregarina, Hepatozoon, and Karyolysus, which have
been found in snakes, lizards, chelonians, and crocodilians.

Relatively little is known of the biology and life cycles
of the reptilian hemogregarines. Among the best studied
are the Haemogregarina spp. Haemogregarina stepanowi is
found in turtles, including snapping turtles, painted tur-
tles, red-eared slider turtles, cooters, box turtles, softshell
turtles, European pond terrapins, and other turtles from
the United States and Europe!'®'. Prevalence rates are
often high, with 45% to 75% of animals tested found to
be positive in the central and southern United States!”1*-20.
Haemogregarina spp. have also been identified in racers, rat
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snakes, kingsnakes, water snakes, bullsnakes, garter snakes,
and other snakes from North America. In a cross-sectional
study evaluating the prevalence of the parasite in snakes,
40% (20/50) of snakes (nine species) from the central
United Snakes and 31% (186/600) of snakes from the cen-
tral and southwestern United States were found infected
with this hemoparasites'>!”.

Life Cycle. Hemogregarines are intracellular parasites,
commonly found in erythrocytes, leukocytes, and other
cells within the body (e.g., spleen, liver) (Figure 9.4)°. In
the Eimeriorina, merogony, sporogony, and gametogony all
occur in the definitive host. Invertebrates serve only as
vectors. Transmission occurs after an invertebrate consumes
a blood meal from an infected reptile and is then ingested
by another reptile. In Adeleorina, merogony occurs in the

Fig. 9.4 Haemogregarina stepanowi, morphology and life cycle: a—o,
schizogony and gametogony in turtle; p-w, sexual reproduction in
bloodsucking invertebrate. Reproduced from Kudo, R.R. (1966) with
permission.
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reptilian definitive host, gametogony occurs in reptilian
blood cells, and sporogony occurs in arthropod intermedi-
ate hosts.

Pathologic Effects and Clinical Disease. Although
usually considered nonpathogenic, heavy infections may
cause anemia'. The presence of a hemogregarine in an
erythrocyte causes distortion of the blood cell, including
nuclear displacement and cytoplasmic attenuation!. The
number of erythrocytes affected by these parasites can
approach 80%?. Heavily infected reptiles become anemic!.
Reptiles generally have packed cell volumes (PCV) > 20%;
however, it is not uncommon to have reptiles present with
PCV between 10% to 20%. The author does not become
concerned until the PCV falls below 8%. Regardless, most
affected reptiles are asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the demonstration of the parasite in stained
(Diff-Quik or Wright-Giemsa) blood smears'. A diagnosis
of secondary anemia is based on a PCV < 20%. No
effective treatment regimens have been reported. In
severe cases, treatment with doxycycline, chloroquine, or
pyrimethramine may be attempted. A dosing schedule
should be extrapolated from the mammalian and avian
literature. Hemogregarines should not be found in captive,
indoor reptiles. During quarantine, reptiles should be
closely inspected for the presence of potential vectors. An
insecticide can be applied to minimize the likelihood of
introducing vectors to a colony. Insecticides should also
be applied to the environment if flying vectors (e.g., mos-
quitoes) are a concern.

Public Health Considerations. Hemogregarines do
not infect humans.

Class Haemosporidia

Important Haemosporidia found in reptiles include those
of the genera Fallisia, Haemoproteus, Plasmodium, and
Saurocytozoon. These hemoparasites are morphologically
similar to related protozoa of other vertebrates. The
Haemosporidia may be found in lizards, snakes, and chelo-
nians; lizards are most commonly infected. The life cycles
of the Haemosporidia are poorly known but all require
arthropod vectors. While most infections are asympto-
matic, heavy infections result in anemia.

Diagnosis is by demonstrating parasites in stained
(Diff-Quik or Wright-Giemsa) blood smears'. No effective
treatments have been reported. In severe cases, treatment
with doxycycline, chloroquine, or pyrimethramine may be
instituted, with dosing schedules extrapolated from the
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mammalian and avian literature. Infection with hemoparasites
should not occur in captivity where arthropod vectors are
excluded. During quarantine, reptiles should be closely
inspected for the presence of potential vectors and infested rep-
tiles treated with insecticide. Insecticides should also be applied
to the environment if flying vectors (e.g., mosquitoes) are a
concern. The Haemosporidia of reptiles do not infect humans.

Phylum Microspora

Morphology. As noted in Chapter 15, Parasites of Rab-
bits, the Microspora have been reclassified as fungi. They
are included here for historical reasons. The morphology
of the microspordia varies with the stage of the life cycles.
Microsporidians measure 5 p to 20 p in length. They are
pyriform in shape and have a posterior vacuole. Schizonts
contain up to eight nuclei. Small sporonts have two to
three nuclei when immature and up to 100 nuclei when
mature. Pleistophora spp. spores are oval and measure 3.5 p
to 6.7 p long by 2 p to 3 p wide. On one side of the
anterior pole of each spore is a small granule to which is
attached a filament. When extended, this
measures 80 p to 220 p long. A microsporidian recently
isolated from African skinks (Mabuya perrotetii) was found
to have slightly curved spores. The spores measured 2.9 p
long by 1.2 p wide, and were identical to those of
Encephalitozoon lacertae®.

Hosts and Life Cycle. Pleistophora is the most common
microsporidian associated with reptiles. Encysted spores have
been found in snakes, lizards, and chelonians. An unidenti-
fied microsporidian was recently identified in inland bearded
dragons (Pogona vitticeps)**, and unidentified microsporidia
have been identified in snakes®. These organisms are proba-
bly more prevalent than is currently recognized. The life
cycles of the microsporidia are direct, and though incom-
pletely known, are likely similar to those of other members of
the phylum. These are discussed in Chapter 7, Parasites of
Fishes, and Chapter 15, Parasites of Rabbits.

Pathologic Effects. Encysted microsporidia may
appear as non-specific granulomas in muscle or other tis-
sues. Severe hepatic necrosis with clusters of light basophilic,
intracytoplasmic microorganisms was found in bearded
dragons. The disease appeared well disseminated, with simi-
lar microorganisms found within cytoplasmic vacuoles in
distended renal epithelial cells, pulmonary epithelial cells,
gastric mucosal epithelial cells, enterocytes, and capillary
endothelial cells and ventricular ependymal cells in the
brain. The microsporidium isolated in the bearded dragons

filament
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was Gram-positive and acid-fast, and stained positive using
the periodic acid-Schiff reaction. In the African skinks, the
histopathological changes were found in the large intestine
and included villous atrophy, blunting of mucosa, and flat-
tening of individual epithelial cells*'.

Clinical Disease. Reptiles infected with microsporidia
frequently develop clinical signs consistent with gastroin-
testinal disease. African skinks with microsporidiosis had
decreased appetite, diarrhea, and weight loss. Systemic dis-
ease might also be expected in cases of widespread dissemi-
nated microsporidiosis, as described in the bearded dragon.

Diagnosis. Antemortem diagnosis is by identifying
spores in the feces of infected animals. Electron microscopy
is required to characterize the spores to the generic level.
Postmortem diagnosis is by gross identification of xenomas
and microscopic identification of tissue spores.

Treatment and Prevention. Microsporidial infec-
tions are difficult to treat. In the laboratory setting, it is
probably best to cull infected animals. Quarantine and
examining serial fecal samples may be used to reduce the
likelihood of introducing these parasites into a colony.
Chloramphenicol and topical oxytetracycline hydrochloric
acid with polymyxin B have been used to suppress spore
formation, but did not eliminate the parasite?®. Quaranti-
ning recently acquired animals, serially screening fecal
samples, and obtaining animals from reputable breeders or
wild populations where these parasites are not known to be
endemic should be done to prevent the introduction of
these parasites into captive amphibian colonies.

Public Health Considerations. The microsporidia of
reptiles do not infect humans.

Phylum Ciliophora
Balantidium spp.

Morphology. Balantidium spp. are among the most com-
mon ciliates of reptiles. The reader is directed to Chapter 8,
Parasites of Amphibians, for a description of their mor-
phology.

Hosts and Life Cycle. Balantidium spp. are com-
monly found in the intestines of chelonians, where they
are considered commensals. Reproduction is by conjuga-
tion and binary fission. Trophozoites inhabit the intestinal
tract, while the cyst stage is released into the fecal stream as
the environmentally resistant infective stage.

Pathologic Effects and Clinical Disease. Balantid-
ium are not considered pathogenic. However, changes in the
microbial flora associated with dietary changes, antibiotics,
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and stress could result in increased populations of ciliates,
leading to localized enteritis, anorexia, and diarrhea. How-
ever, clinical balantidiasis is rare.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on identifying ciliates in a direct
saline smear of the feces. In cases where clinical disease
is present, metronidazole may be administered (10 to
20 mg/kg orally once daily for seven to 10 days). Strict
adherence to quarantine and hygiene protocols will reduce
the likelihood of transmitting Balantidium. Minimizing
stress in the captive environment is also important.

Public Health Considerations. Balantidium spp.
from reptiles are not infectious to humans.

Nyctotheroides spp.

The morphology, biology, and clinical effects of Nyc-
totheroides (Syn. Nyctotherus spp.) are presented in Chapter
8, Parasites of Amphibians. Like Balantidium spp., Nyc-
totheroides spp. are among the most common ciliates of
reptiles. Nyctotheroides spp. are commonly found in the
intestine of chelonians, where they are considered to be
commensals. Reproduction is by conjugation and binary
fission. Cysts are only sometimes formed. As described for
Balantidium spp., changes in the microbial flora may be
associated with increased enteric burdens of Nyctotheroides,
leading to localized enteritis. Diagnosis, treatment, and
prevention are as described for Balantidium. Nyctotheroides
spp. do not infect humans.

TREMATODES

Dasymetra, Lechriorchis, Ochetosoma,
Zeugorchis

Morphology. Adult digenean trematodes share certain
morphologic features. These are described in Chapter 3,
Biology of Trematodes and Leeches. The adult of Dasymetra
conferta measures 3.8 mm to 1.1 mm long?%. The adult of
Lechriorchis primus measures 1.8 mm to 5.7 mm long and
0.6 mm to 1.3 mm wide; the egg is oval, has an operculum,
and measures 48 p1 to 50 p long by 23 p to 25 p wide #. The
adult of L. tygarti measures 2.2 mm to 6.9 mm long by
0.6 mm to 1.6 mm wide; its eggs are also oval and opercu-
late and measure 43 p to 53 p long by 20 p to 34 p wide.
The adult of Ochetosoma aniarum (Syn. Neorenifer aniarum)
measures 1.8 mm to 3.5 mm long by 0.7 mm to 1.1 mm
wide; the eggs measure 32 p to 4 2 p long by 20 pto 25 p
wide?. The adult of Zeugorchis eurinus measures 1.9 mm to

FLYNN’S PARASITES OF LABORATORY ANIMALS

3.3 mm long by 0.6 mm to 0.8 mm wide. Its eggs are similar
to those of Lechriorchis and measure 42 p to 46 p long by
18 p to 23 pwide.

Hosts. These flukes, often called renifers, inhabit the
lung, mouth, and digestive tract of snakes?”. Although
common throughout the world, little is known of the
epidemiology of these parasites®®. In a single study evaluat-
ing garter snakes from the north-central United States, the
prevalence L. primus was 25%, suggesting that this parasite
is common in some populations of snakes®.

Life Cycle. The life cycles of the renifers are similar to
one another?. Eggs are deposited by the adult flukes into
the lung, swallowed, and passed in the feces. The eggs
hatch after being ingested by a gastropod such as a snail
and, after four to five weeks, leave the snail as cercariae.
The cercariae are ingested by tadpoles and encyst in the
muscles. Snakes become infected after ingesting infected
tadpoles. The metacercariae excyst in the stomach and
develop into young worms in the small intestine. After
approximately seven months, the young worms migrate
through the stomach into the esophagus. Once in the
esophagus the parasites remain for another three months,
after which they pass through the mouth to the lung.
Another year is required for maturation to the adult stage.

Pathologic Effects and Clinical Disease. Although
most infections appear harmless, heavy infections have
been shown to cause pulmonary irritation, dyspnea, and
weight loss”. Additional signs may include nervousness
and irritability, though there is disagreement on this
issue®.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in the feces or parasites in the mouth of
living animals, or in the digestive tract or lung at necropsy.
Trematodes identified in the oral cavity can be removed
using forceps. Endoscopic removal of the adult nematodes
from the lungs may be possible in larger reptiles. Prazi-
quantel (8 mg/kg, subcutaneously, intramuscularly or per
0s)°! effectively eliminates trematodes in reptiles, although
dosing is anecdotal. The oral administration of tetra-
chlorethylene (0.2 ml per kg of body weight by capsule)
has been reported to be an effective treatment for the
immature flukes in the intestine?”. The drug is given four
days after feeding to avoid its absorption by residual fats in
the stomach. Because of the need for mollusk and tadpole
intermediate hosts, it is unlikely that the life cycles of these
flukes would be completed in the laboratory.

Public Health Considerations. Aspidogastrean
trematodes of reptiles do not pose a health risk to humans.
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Gyrodactylus spp.

The morphology and biology of Gyrodactylus spp. are
presented in Chapter 7, Parasites of Fishes. While Gyro-
dactylus spp. are important monogenean pathogens of
fishes, they are also commonly found on the skin, in the
oral cavity, and in the urinary bladder of aquatic turtles®.
Monogenean trematodes are not considered significant
parasites of turtles. In most cases, these organisms are inci-
dental findings. In the rare cases where heavy infestations
occur, mild, localized enteritis may occur at the sites of
attachment of the trematode hooks.

Monogenean infestations can be diagnosed cytologi-
cally. A skin scrape can be collected antemortem and
examined under light microscopy. Treatment is not gener-
ally warranted. However, if treatment is pursued, prazi-
quantel is the treatment of choice. Bathing an animal in a
10 mg/L water bath for three hours has been found to be
effective. Additional treatments may be required. Gyro-
dactylus may be excluded from the animal colony by only
accepting animals from approved, licensed breeders. New
arrivals should be quarantined and skin scrapes collected
to determine carrier status. Water samples can also be
collected, centrifuged, the supernatant poured off, and the
sediment evaluated for the presence of free-swimming
gyrodactylids. These parasites do not affect humans.

Other Trematodes
Spirorchis spp.

Morphology. Taxonomists classify trematodes under dif-
ferent taxonomic schemes. Many consider the spirorchids
to be members of the order Strigeatida and family
Spirorchiidae. Adult spirorchids are thin, transparent,
measure 1 mm to 2 mm long, and do not possess a ventral
sucker (Figure 9.5)**33. The esophagus is long and the
two ceca extend almost to the posterior end of the body.
The testes are arranged in a linear series anterior to the
ovary. The ovary and the genital pore are located near the
posterior end of the body. Vitellaria are follicular and
usually occupy all available space in the body not occupied
by reproductive organs, from the esophagus to beyond the
ends of the ceca. Eggs are large, measure 55 p to 140 p
long, and may or may not have an operculum.

Hosts. Species of this genus inhabit the cardio-
vascular system of turtles from North America®”.
Spirorchis parvus and S. elephantis occur in painted turtles,
S. artericola and S. innominata infect pond turtles and
other turtles, and S. haematobium is found in the snapping
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Fig. 9.5  Spirorchis adult. Reproduced from Skrjabin, K.I. (1964) with

permission.

turtle’® 3>, All are common. The prevalence of S. parvus
has been reported to be 18% in painted turtles obtained
from their natural habitat in the north central United
States®®, while as many as 70% of snapping turtles from
the central Unites States have been found infected with
S. haematobium™.

Life Cycle. Adults of S. parvus occur in the mesen-
teric arterioles in the wall of the stomach and intestine®.
Adults of other species are found in the heart or in the
arteries of the lungs and other organs. Eggs are deposited
in the blood vessels, collect in the gut wall, pass into the
lumen, and are voided in the feces. Eggs hatch in water in
four to six days, and the miracidia penetrate a snail and
eventually develop into cercariae. The cercariae, when
released from the snail, penetrate the thin epithelial mem-
branes of a turtle, migrate through the tissues to the blood
vessels, and circulate until they reach the heart or arteries.
Once in the cardiovascular system of the reptile, these par-
asites become adults. The time of development in the snail
is about 18 days, while the time to maturity in the turtle is
about three months. Once the eggs are laid, it takes
approximately two weeks for them to reach the lumen of
the intestine.
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Pathologic Effects and Clinical Disease. Turtles
infected with Spirorchis spp. are frequently asymptomatic.
Spirorchis parvus cercariae cause irritation while entering
the turtle host. Ischemic necrosis is a common finding in
tissues when the trematode eggs lodge in the capillary
beds, and may lead to organ failure. In massive infections,
the fluke eggs can become lodged in the intestinal
wall, forming granulomas. Inflammatory responses can
be fatal®.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs on an antemortem fecal exam-
ination, or in the tissues at necropsy. Adult parasites may
also be identified in the blood vessels or heart at necropsy.
Ischemia may result in alterations in serum biochemistry
panels indicative of specific organ failure.

Treatment recommendations for spirorchids are
limited to treatment of sea turtles. Adnyana and cowork-
ers®® found that three treatments of praziquantel
(50 mg/kg) in one day effectively eliminated spirorchids in
naturally infected green sea turtles (Chelonia mydas).
Jacobson and coworkers’ also found praziquantel
(25 mg/kg, three times, using a three-hour dosing interval)
to be effective against spirorchids in loggerhead sea turtles
(Caretta caretta). Because of the need for a snail intermedi-
ate host, completion of the life cycle in the laboratory is
unlikely.

Public Health Considerations. Humans are not sus-
ceptible to infection with Spirorchis spp.

CESTODES

Diphyllobothrium erinacei

The morphology and biology of Diphyllobothrium erinacei
are discussed in Chapter 8, Parasites of Amphibians, and
Chapter 4, Biology of Cestodes. Diphyllobothrium erinacei
has been found in both snakes and turtles®®. Snakes from
South America, Australia, and Eastern Asia commonly
serve as second intermediate or paratenic hosts after
consuming infected amphibians'®. Plerocercoid larvae
encysted in the muscle or subcutaneous tissues do not
appear to cause overt clinical disease. However, when the
larvae are encysted in the subcutaneous tissues, it may be
disconcerting to reptile handlers to observe the movement
of the parasites under the skin.

A tentative diagnosis is based on the demonstration of
the characteristic plerocercoid larva in the muscle at
necropsy or after surgical removal of subcutaneous larvae.
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Larvae located in the subcutaneous can generally be surgi-
cally removed using local anesthesia. An incision should be
made near the location of the parasite, and the worm
retrieved using thumb forceps. General anesthesia may be
required for animals requiring the removal of numerous
larvae. A definitive diagnosis requires the experimental
feeding of the immature parasite to a definitive host and
subsequent identification of the adult parasite.

Because the life cycle cannot be completed in the
absence of copepods or a mammal (e.g., definitive host),
routine sanitation prevents the spread of the infection in
the laboratory. Reptiles should not be offered wild-caught
larval amphibians. No treatment is known. Infected labo-
ratory reptiles are unlikely to be a public health hazard
because humans are infected only after ingesting uncooked
flesh from infected animals.

Spirometra mansonoides

Morphology and Hosts. Spirometra mansonoides is
biologically similar to Diphyllobothrium erinacei, but is
found in North America. The morphology and biology of
S. mansonoides is presented in Chapter 8, Parasites of
Amphibians, and Chapter 4, Biology of Cestodes.
Spirometra mansonoides has been reported in kingsnakes,
racers, water snakes, garter snakes, and turtles®. In a
cross-sectional study of snakes from the south central
United States, S. mansonoides was found in 18% of the ani-
mals surveyed®. Thus, wild-caught snakes and turtles
from North America are commonly infected and should
be screened for these parasites during quarantine.

Life Cycle. The life cycle of S. mansonoides generally
includes both terrestrial and aquatic systems. Eggs are
passed in the feces of a definitive host (e.g., dog, cat, or
other carnivores), and hatch after reaching water. A cope-
pod ingests the coracidium, which develops into a procer-
coid larva in the invertebrate host®®*. Amphibians are
usually infected in the immature stage (e.g., frog tadpole,
newt larva) after ingesting the infected copepod. Adult
reptiles serve as secondary intermediate or paratenic hosts
and become infected after ingesting an infected immature
amphibian. The definitive host becomes infected after
ingesting an infected reptile.

Pathologic Effects and Clinical Disease. The
pathologic effects and clinical diseases caused by larval
S. mansonoides are similar to those of D. erinacei.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are similar to those
of D. erinacei.
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NEMATODES
Superfamily Rhabditoidea

Morphology. Reptiles are known to harbor three important
genera of rhabditids: Entomelas, Rhabdias, and Strongy-
loides. Rhabdias spp. are characterized by a mouth that has
six insignificant lips, a short esophagus, a vulva near the
middle of the body, and a sharply tapered posterior
extremity that ends in a finely conical point. The major dif-
ference between Rhabdias and Entomelas is that Rhabdias
has a small buccal capsule, whereas that of Entomelas is
large. The size of adult Rhabdias spp can vary depending on
life stage. For example, parasitic adult stages of Rhabdias
agkistrodonis measure 4.1 mm to 6.4 mm, while sapro-
phytic forms measured <1.5 mm. Variability in length may
occur between species and genera, too. For example,
Entomelas ophisauri is slightly larger than R. agkistrodonis,
measuring 6.4 mm to 9.8 mm long, as well as being larger
than Entomelas dujardini, which measures 2.7 mm to
8.5 mm long.

Hosts. Rhabdias and Strongyloides primarily infect
snakes, with Rhabdias infecting the respiratory tract and
Strongyloides the intestinal tract. Entomelas primarily
infects the respiratory tract of lizards.

Life Cycle. The life cycles of the rhabditids of reptiles
are similar to those of other members of the superfamily. All
genera have two different life cycles: a free-living cycle and a
parthenogenic or parasitic cycle. In the case of Rhabdias and
Entomelas, the parthenogenic female releases eggs or larvae
in the lung. First-stage larvae migrate out of the lung via the
trachea and into the oral cavity, where they are either
swallowed and passed with the feces or released out of
the oral cavity. The larvae continue to develop, and it is the
third-stage larvae that are infective to reptiles. These larvae
can infect reptiles either through the oral cavity or by pene-
trating the integument. Strongyloides is shed via the feces.

Pathologic Effects. The pathologic lesions associated
with Rhabdias and Entomelas infections can be mild to
severe, depending on the density of parasites, general
health status of the host, and presence or absence of oppor-
tunistic infections. Animals that succumb to the infections
generally have a severe inflammatory response and pneu-
monia. Strongyloides infections can result in numerous
ulcerations in the intestine.

Clinical Disease. Reptiles infected with these para-
sites can be asymptomatic or develop severe clinical disease.
Snakes and lizards infected with Rbabdias and Entomelas
may present with open-mouth breathing, dyspnea, and
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collapse. In severe cases, the infections can be fatal. Snakes
with Strongyloides infections may present with diarrhea and
weight loss.

Diagnosis. Antemortem diagnosis of Rhabdias and
Entomelas is based on identification of the egg or rhabditi-
form larvae in the oral cavity or feces of snakes and lizards.
Postmortem diagnosis is based on identification of the
adult worms in the respiratory tract. Antemortem and
postmortem diagnoses for Strongyloides are based on the
identification of eggs/larvae or adult worms in the feces or
intestine, respectively.

Treatment and Prevention. Dosing regimens for reptil-
ian parasites are subjective. Fenbendazole (25 to 100 mg/kg)
and ivermectin (0.2 mg/kg) are generally considered the
most effective anthelminthics for nematodes, including
rhabditids. Recommended dosing frequencies vary, with
most redosing every 10 to14 days for two to three treatments.
Fenbendazole can also be administered over a three- to five-
day period and repeated in 14 days. All recently acquired rep-
tiles should be screened for rhabditids during quarantine.
Prophylactic treatment may be considered. Because these
parasites can infect reptiles percutaneously, it is important to
regularly remove and disinfect the substrate.

Public Health Considerations. Rhabditids of rep-
tiles do not infect humans.

Superfamily Oxyuroidea
Alaeuris spp. and Ozolaimus spp.

Morphology. Oxyurids, or pinworms, are small to
medium-size nematodes (2 mm to 7 mm in length), with a
mouth bearing three lips, an esophagus which terminates
in a bulb, and a simple intestine that lacks a diverticulum.
The males have spicules which are used as taxonomic keys.
Female pinworms have a posterior extremity that is conical
and pointed. The eggs are large and smooth.

Hosts. Oxyurid infections are common among
lizards and chelonians, especially herbivorous species. It is
common to visualize adult pinworms in the colon of her-
bivorous lizards or chelonians during exploratory surgery.
Pinworms are rarely observed in snakes, and have not been
reported in crocodilians. The two most common genera
found in captive reptiles are Alaeuris and Ozolaimus.

Life Cycle. The life cycles of parasites in the genera
Alaeuris and Ozolaimus are direct, with infection occurring
by ingestion of an embryonated egg’. The eggs hatch and
the larvae develop in the anterior intestine, but eventually
migrate to the large intestine.
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Pathologic Effects and Clinical Disease. Many
authors consider pinworms that feed on digesta in the colon
of reptiles to be commensals*!. In fact, reptiles with oxyurid
infections are generally asymptomatic. Pathologic changes
are rare, but possible. McGuire and coworkers? reported
intestinal intussusception in a green iguana with a severe
oxyurid infection. The nematodes were found throughout
the alimentary tract from the stomach to the colon, and were
considered to play a role in the iguana’s condition.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by identification of eggs or adult worms in the
feces. Postmortem diagnosis can be made based on identifica-
tion of adult worms in the alimentary tract. Infections can be
controlled with administration of fenbendazole (25 to 100
mg/kg orally for five days, repeated 10 and 20 days later).
Complete elimination of infection is often not possible. It is
advisable to use a low dosage of fenbendazole when treating
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entire colonies because toxicity is a rare but possible out-

come. Routine prophylactic treatment with anthelminthics

may be used to control pinworm infections in reptiles.
Public Health Considerations. Members of the gen-

era Alaeuris and Ozolaimus are not infective to humans.

Falcaustra spp.
Morphology. Adult Falcaustra spp. (Syn. Spironoura spp.)

measure 8 mm to 16 mm long and have an esophagus
with a terminal bulb, a simple intestine without a divertic-
ulum, and a pointed posterior extremity in both sexes
(Figure 9.6)2%%. The male has spicules of equal length and
a gubernaculum, but no caudal alae.

Hosts and Life Cycle. The genus includes some of
the most common intestinal nematodes found in turtles
from the United States?”*. Falcaustra affinis occurs in box
turtles, map turtles, spotted turtles, and Blandings turtles;
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Fig. 9.6  Falcaustra (Spironoura). (A) Head, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. Reproduced from

Yorke, W. and Maplestone, PA. (1926) with permission.
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E procera occurs in painted turtles, cooters, and sliders;
E wardi occurs in map turtles and snapping turtles; and £
chelydrae occurs in snapping turtles, red-eared turtles, and
other aquatic turtles. Infections are common, and have
been noted in 19% to 97% of turtles examined?®*>. The
life cycle is unknown but is probably direct, with infection
occurring by ingestion of an embryonated egg®.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of the Falcaustra spp. In
captive situations it is possible that heavy burdens may
develop in closed systems, and that in these cases a mild
enteritis response occurs. However, infections are not
generally associated with clinical disease.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of the eggs in the
feces, while postmortem diagnosis is by identification of
the parasite in the intestine. Because these parasites do not
generally cause disease, treatment is not necessary. If clini-
cal disease does occur, fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days) would be recom-
mended. Reptiles should be screened for infection with
Falcaustra during quarantine. To reduce the likelihood of
introducing the parasite, prophylactic treatment with fen-
bendazole can be considered.

Public Health Considerations. Humans are not sus-
ceptible to infection with Falcaustra spp.

Tachygonetria spp.

Morphology. Adults worms measure 1.5 mm to 4.6 mm
in length (Figure 9.7)%%. They possess a mouth with six
small lips, a long esophagus with a terminal bulb, and a
simple intestine. The female has a short conical tail, and
the vulva is posterior to the middle of the body. The male
has a single, short spicule and a gubernaculum.

Hosts and Life Cycle. The genus includes the nema-
todes that are common to European and African tor-
toises?” . Wild-caught tortoises are frequently infected,
often with several different species and hundreds of
worms“C. The life cycle is direct, with infection by inges-

tion of an embryonated egg®4°.

Pathologic Effects and Clinical Disease. Although
heavy infections are common and usually cause no appar-
ent ill effects, intestinal impaction and death have been
reported?’.

Diagnosis, Treatment, and Prevention. These
aspects are as described for Falcaustra spp.

Public Health Considerations. Zachygonetria is not
known to infect humans.
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Fig. 9.7 Tachygonetria longicollis. (Left) Male. (Right) Female.
Reproduced from Forstner, M.J. (1960) with permission.

Superfamily Strongyloidea
Diaphanocephalus spp. and Kalicephalus spp.

Morphology, Hosts, and Life Cycle. Diaphanocephalus
spp. and Kalicephalus spp. are hookworms inhabiting the
alimentary tracts of snakes, and less commonly, lizards.
Adult worms measure 7 mm to 9 mm long. The life cycles
are direct. Eggs are shed in the feces or can be expelled out
of the oral cavity if infections are located in the cranial ali-
mentary tract (e.g., esophagus).

Pathologic Effects and Clinical Disease. Susceptible
hosts become infected through ingestion or percutaneous
passage of larvae. These parasites ingest blood, and can cause
significant ulceration in the alimentary tract. Gastrointesti-
nal impactions may occur with heavy burdens. Reptiles may
be asymptomatic or develop severe gastrointestinal disease.
Anorexia, weight loss, anemia, intestinal impaction, and
diarrhea may occur. Severe infections can be fatal.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis of Kalicephalus and Diaphanocephalus is
by identification of the egg or adult worm in the feces or
oral cavity. Postmortem diagnosis is based on identifica-
tion of the adult worms in the intestinal tract.
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Dosing regimens for reptilian parasites are subjective.
Fenbendazole (25 to 100 mg/kg) and ivermectin (0.2 mg/kg)
are generally considered the most effective anthelmintics
for nematodes. Recommended dosing frequencies are
variable. Repeat treatments are often given every 10 to 14
days for two to three treatments. Fenbendazole can also be
dosed over a three- to five-day period and repeated in 14
days. All recently acquired reptiles should be screened for
hookworms while in quarantine. Prophylactic treatment
may be warranted. Because percutaneous transmission
occurs, it is important to regularly remove and disinfect
the substrate.

Public Health Considerations. Reptilian hook-

worms do not infect humans.

Superfamily Trichostrongyloidea
Oswaldocruzia spp.

Morphology. Adult Oswaldocruzia spp. are filiform worms
measuring 6 mm to 14 mm long?®#. The buccal cavity is
rudimentary or absent, the vulva of the female is in the pos-
terior half of the body, and the spicules of the male are short
and stout and end in a number of processes (Figure 9.8).
Hosts and Life Cycle. This relatively nonpathogenic
trichostrongylid nematode occurs in the intestine of rep-
tiles throughout the world. It is most common in turtles

O.lmm
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and occurs primarily in aquatic species®®. The life cycle is
direct, with infection by ingestion of infective larvae®.

Pathologic Effects and Clinical Disease. Infections
are asymptomatic. While it is possible that extremely heavy
infections could lead to enteritis, such cases have not been
reported.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration and identification of the parasite in the
intestine at necropsy. Because these parasites do not gener-
ally cause disease, treatment is not necessary. In the research
setting however, it may be desirable to eliminate all
pathogens. In these cases, treatment may be administered as
described for strongylid infections. Reptiles should be
screened for infection during quarantine. Prophylactic
treatment can be administered to reduce the likelihood of
introducing the parasite.

Public Health Considerations. Oswaldocruzia does
not infect humans.

Superfamily Spiruroidea

Camallanus spp.

Morphology. Adults of Camallanus microcephalus and
C. trispinosus have a filiform body measuring 5 mm to
10 mm long, a slit-like mouth with two lateral chitinous
valves, and an esophagus comprised of a short anterior

| I |
O.l mm

Fig. 9.8  Oswaldocruzia. (Left) Anterior end, lateral view. (Right) Posterior end of male, dorsal view. Reproduced from Yorke, W. and Maplestone,

PA. (1926) with permission.



PARASITES OF REPTILES

muscular portion and a long posterior glandular portion
(Figure 9.9)%. The posterior extremity of the male is rolled
ventrally and bears small caudal alae, dissimilar and unequal
spicules, and no gubernaculum. The vulva of the female is
near the middle of the body.

Hosts. Camallanus microcephalus and C. trispinosus are
common gastric and duodenal worms of turtles from the
United States*>**. Camallanus microcephalus is common in
painted turtles, map turtles, Blanding’s turtles, and snapping
turtles. The prevalence of this parasite can be high in wild
populations, with as many as 54% of painted turtles in the
north central U.S. found to be positive and 83% of snap-
ping turtles from the south central U.S. found to be posi-
tive?> %,
turtles, snapping turtles, and other turtles. Again, the preva-
lence of these parasites in wild turtles from the south central
U.S. can be very high (87% to 100%)%°. Wild-caught turtles
acquired for the laboratory are likely to be positive®.

Life Cycle. The life cycle is indirect and requires a
copepod as a first intermediate host and sometimes an
amphibian or fish as a paratenic host>!. The reptilian defin-
itive host is infected by ingestion of an infected copepod,
amphibian, or fish.

Pathologic Effects and Clinical Signs. Camallanus
spp. embed deeply in the stomach and duodenal wall and

Camallanus  trispinosus is common in painted

O.lmm

Fig. 9.9 Camallanus. (Left) Anterior end, lateral view. (Right) Posterior end of male, lateral view. Reproduced from Yorke, W. and Maplestone, PA.
(1926) with permission.
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sometimes form abscesses. Heavy worm burdens could
result in gastric ulceration and bacteremia. Most infected
reptiles are asymptomatic. Animals with heavy burdens
may become anorexic, lose weight, and develop melena
and diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the identification of the eggs in the feces or the
adult parasite in the stomach or duodenum. Because of the
need for a copepod intermediate host, it is unlikely that
the life cycle would be completed in the laboratory, and no
special control procedures should be required. However,
treatment is warranted if newly acquired animals have heavy
burdens, and consists of fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days). Reptiles should be
screened for infection during quarantine.

Public Health Considerations. Camallanus spp. do

not infect humans.
Spiroxys contortus

Morphology. Spiroxys contortus is biologically similar to
Camallanus spp. Adults of S. contortus measure 15 mm to
30 mm long, and have a mouth with two large, distinctly
trilobed lips and an esophagus that has a short anterior
muscular portion and a longer posterior glandular portion

(Figure 9.10)%. The male has well-developed caudal alae,

—
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Fig. 9.10  Spiroxys contortus. (A) Anterior end, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. (D) Posterior end
of male, ventral view. Reproduced from Yorke, W. and Maplestone, PA. (1926) with permission.

delicate and subequal spicules, and no gubernaculum. The
vulva of the female is near the middle of the body.

Hosts and Life Cycle. Spiroxys contortus is common
in the stomach and duodenum of painted turtles, map tur-
tles, and snapping turtles’>. The prevalence of this parasite
in turtles from the south central U.S. is approximately
25% in painted turtles and 38% in snapping turtles?®>.
Wild caught turtles acquired for the laboratory are likely to
be positive®. The life cycle is similar to that described for
Camallanus.

Pathologic Effects and Clinical Disease. Pathologic
effects and clinical disease are as described for Camallanus.
Most infections are asymptomatic, but animals with heavy

burdens may become anorexic, lose weight, and develop
melena and diarrhea.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are as described for
Camallanus.

Superfamily Filaroidea

Foleyella spp.

The morphology and biology of Foleyella spp. are pre-
sented in Chapter 8, Parasites of Amphibians. Foleyella are
primarily associated with infections of lacertid lizards and
Old World chameleons'®. Foleyella furcata, E brevicauda,
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and F candezei are the filarids most often found in
chameleons®>>*. Reptiles are infected when bitten by an
infected mosquito. Most infections are asymptomatic.
Heavy infections may result in anorexia, weight loss, weak-
ness, lethargy, and collapse. Heavy microfilarial burdens
could lead to thromboembolic disease. Diagnosis is by
identification of the adult worm in the body cavity or
microfilariae in the blood. No treatment has been
described. Adult worms may be removed surgically. Anti-
inflammatory drugs may minimize the likelihood of
thromboembolic disease. The life cycle is not easily com-
pleted in the animal facility environment because of the
lack of suitable arthropod intermediate hosts. Foleyella do
not infect humans.

ACANTHOCEPHALA

Neoechinorhynchus spp.

Morphology. Adults are small worms with cylindrical,
unspined, and usually curved bodies (Figure 9.11). Adult
males measure 4.7 mm to 26.4 mm long by 0.4 mm to
1.0 mm wide, depending on the species. Adult females
measure 7 mm to 39.2 mm long by 0.4 to 1.5 mm wide’®’.
The proboscis is short and globular and contains three
circles of six hooks each. Eggs are generally oval to elliptical
but vary greatly in size and shape, depending on the species.

Fig. 9.11  Neoechinorhynchus male. Reproduced from Borradaile, L.A.
and Potts, EA. (1958) with permission.
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Hosts. Several species of Neoechinorhynchus occur in
the intestine of turtles from North America. Neoechi-
norhynchus emydis is found in map turtles, false map turtles,
Blanding’s turtles, and red-eared turtles®36.  Neoechi-
norhynchus pseudemydis occurs in painted turtles, Blanding’s
turtles, and red-eared turtles””8. Neoechinorhynchus chryse-
mydis is found in painted turtles, red-eared turtles, and
other cooters and sliders’”>8. Neoechinorhynchus emyditoides
occurs in painted turtles, Blandings turtles, and red-eared
turtles®. V. stunkardi occurs in false map turtles®. All are
common and likely to be encountered in laboratory turtles
obtained from their natural habitats.

Life Cycle. The life cycles of the North American
species are not completely known. Eggs passed in the feces
of a turtle hatch when ingested by an ostracod (a bivalved
arthropod), in which an unencysted immature worm
develops. Ostracods are ingested by snails, which in turn
are ingested by turtles’ . It is uncertain whether snails
are obligatory or facultative intermediate hosts. Neoechi-
norhynchus rutili, which infects turtles in Europe, does not
require a snail intermediate host but is infective while in
the ostracod.

Pathologic Effects and Clinical Disease. Most
infections are asymptomatic. Heavy infections of 200 to
700 worms occur®®>*%. Worm populations may become
high enough to cause intestinal blockage, rupture, and
bacteremia®®. The worms have a short proboscis and pene-
trate only the intestinal mucosa and a small amount of the
lamina propria®!. Although they cause inflammation and
thickening of the mucosa®, tissue damage apparently is
not severe®®. They have also been associated with benign
neoplastic lesions of the intestine? and benign granulo-
matous lesions of the pancreatic duct®®. When present,
clinical signs may include anorexia, regurgitation, listless-
ness, lethargy, weakness, diarrhea, an absence of feces, and
death from intestinal rupture.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs in the feces or adult parasite in
the intestine. Elimination of infection may be attempted
by the administration of fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days). However, there
are no entirely effective anthelmintic therapies for infec-
tions with acanthocephala. The requirements of the life
cycle generally preclude establishment within the environ-
ment of the animal facility. Animals should be screened for
infection upon arrival.

Public Health Considerations. Neoechinorhynchus is
not known to affect humans.
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ARTHROPODS

Class Insecta
Order Diptera (flies)

Cistudinomyia cistudinis

Morphology. Larvae of Cistudinomyia cistudinis (Syn.
Sarcophaga cistudinis) are heavily spined (Figure 9.12). The
first instar measures about 2 mm long when newly
deposited and about 4 mm long at the time of molting.
The second instar measures 4 mm to 10 mm long and the
third instar measures 10 mm to 15 mm long. Adults are
typically sarcophagid and resemble the housefly.

Hosts and Life Cycle. Larvae of this sarcophagid fly
parasitize turtles and tortoises in the eastern and southern
United States®*%. The parasite affects several species of
land turtles, including box turtles (Zerrapene spp.), painted
turtles (Zrachemys scripta elegans), and gopher tortoises
(Gopherus polyphemus). Infection with larvae of this fly is
particularly common in the southeastern United States.

Fig. 9.12  Cistudinomyia cistudinis larvae. (A) First instar larva. (B) Sec-
ond instar larva and posterior spiracles. (C) Third instar larva and poste-
rior spiracles. Reproduced from Knipling, E.E. (1937) with permission.
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A gravid female deposits first instar larvae in an open
wound, often in lesions produced by the gopher-tortoise
tick, Amblyomma tuberculatum®. Larval development
requires about 50 to 60 days, pupation takes 14 to 21 days,
and the entire life cycle requires 69 to 81 days.

Pathologic Effects and Clinical Disease. Cistudino-
myia cistudinis larvae cause a serious and sometimes fatal
myiasis in suitable hosts. Feeding larvae congregate in
closely packed groups with their posterior ends toward the
wound opening®. Larvae destroy tissue and produce a
fetid odor and a dark discharge from the wound. Oppor-
tunistic bacterial infections are common sequellae. Larval
invasion is usually contained by the formation of a fibrous
wall. Only occasionally is the infection heavy enough to
cause death®¢4,

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration of the characteristic larvae in the
wounds. Newly acquired animals should be examined and,
if infected, treated. Treatment requires removal of the mag-
gots and aggressive wound debridement?. This author
prefers to disinfect the wound with chlorhexidine or an
iodine solution, followed by a hypertonic solution (50%
dextrose) and saline. Systemic antibiotics should be given
for large, infected wounds. Ivermectin should not be used
to eliminate these maggots, because it can be fatal in
chelonians. Infection with C. cistudinis is unlikely to occur
in the laboratory setting. For outdoor facilities, proper fly
control prevents infection.

Public Health Considerations. Humans are not
suitable hosts for C. cistudinis.

Class Arachnida
Ticks

Reptiles may serve as hosts to a vast array of hard and soft
ticks. Only the most common are mentioned here.

Family Argasidae
Ornithodoros turicata, the relapsing fever tick (Figure 9.13),
is native to the United States and Mexico®. It is commonly
found on endothermic animals, and is usually uncommon
on ectotherms. However, heavy infections occasionally
occur on the box turtle in its natural habitat, and it was
reported to have become established in captive reptiles in
the United States®.

Adult and nymphal tick stages are considered most
important because they can actively feed on reptilian hosts,
for which they serve as vectors for bacteria, viruses, and
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Fig. 9.13  Ornithodoros turicata (Left) Adult male, dorsal view. (Right) Nymph, dorsal view. Courtesy of U.S. Department of Agriculture.

protozoal infections. For the most part, individual ticks are
of little clinical significance. Ticks are generally located in
those areas where they can easily burrow, including the
conjunctiva, skin folds, gular area, and inguinal and
axillary regions. Treatment consists of manual removal.
Provent-a-mite can be used topically to treat the reptile
and its environment. Reptiles should be closely inspected
during quarantine, and treated accordingly.

Ornithodoros turicata can transmit the agent of relaps-
ing fever in man, and may be a vector of Leprospira
pomona®. All ticks removed from reptiles should be con-
sidered potential vectors for zoonotic infectious diseases
and disposed of properly.

Family Ixodidae
Amblyomma spp. The morphology of Amblyomma spp.
is described in Chapter 6, Biology of Arthropods, and
Chapter 10, Parasites of Birds. Amblyomma tuberculatum,
the Gopher-tortoise tick (Figure 9.14), is one of the largest
of the reptilian ticks®”. The male measures 6.2 mm long
by 5.5 mm wide. The unengorged female measures up to
7.5 mm long and 5.5 mm to 6 mm wide®. Engorged
females can attain a length of 18 mm to 24 mm.
Amblyomma dissimile, the iguana tick (Figure 9.14), is
native to the southeastern United States, Mexico, West
Indies, Central America, and South America. This tick is
commonly found on ectotherms (both reptiles and amphib-
ians) from these regions®’. Although the principal host is the
iguana, gopher snakes, rattlesnakes, eastern fence lizards, and
several other reptiles are occasionally affected®®®’. The larvae

of Amblyomma tuberculatum occur on mammals and birds.
The adults and nymph occur almost exclusively on the
gopher tortoise (Gopherus polyphemus)®%’. Treatment and
prevention are as described for Ornithodoros, with the added
note that care must be taken to remove embedded mouth-

parts.

Hyalomma spp. Hyalomma aegyptium (Figure 9.15), is
commonly found on European chelonians, including
Greek tortoises and European pond terrapins®/:8. It occurs
in southern Europe and southwestern Asia and, although
originally described from a tortoise in Egypt, may be
extinct in Africa®. Treatment and prevention are as
described for Amblyomma.

Mites

Suborder Mesostigmata

Entonyssus spp. and Entophionyssus spp. Entonyssid
mites are common parasites of the trachea and lungs of
snakes’®. The genera most likely to be encountered in
laboratory snakes are Entonyssus and Entophionyssus (Figure
9.16). Although these parasites are frequently found in
snakes that have died of pulmonary disease, no evidence
exists of a causal relationship or the production of any
harmful effects by the mites.

Ophionyssus natricis

Morphology. Adult Ophionyssus natricis (Syn. Ophionyssus
serpentium, Serpenticola serpentium) measure 0.6 mm to
1.3 mm long (Figure 9.17)772. Unfed females are yellow-
brown in color, while engorged females are dark red or black.
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Fig. 9.14 (A) Amblyomma male, dorsal view. (B) Scutum of A. dissimile female. (C) Scutum of A. dissimile male. (D) Scutum of A. muberculatum
female. (E) Scutum of A. tuberculatum male. (A) courtesy of U.S. Department of Agriculture. (B),(C),(D), and (E) reproduced from Cooley, R.A.

and Kohls, G.M. (1944) with permission.

Fig. 9.15  Hyalomma aegyptium. (Left) Adult male, dorsal view. (Right) Adult female, dorsal view. Courtesy of H. Hoogstraal, U.S. Naval Medical

Research Unit.

Hosts and Life Cycle. This hematophagous mite is
the most common ectoparasite found on captive snakes’>.
All snakes should be considered susceptible to infection.
Mites are found on the skin or under the scales. Lizards can
also be infested”?. Although common in captivity, it is

seldom found on wild specimens. Female mites take a
blood meal and then leave the host to deposit her eggs in
the cage crevices or substrate’?. The eggs hatch in one
to four days, and the parasite goes through larval
protonymphal and deutonymphal stages before reaching



Fig. 9.16 Entonyssid mites. (Left) Entonyssus colubri female, ventral view. (Right) Entophionyssus glasmacheri female, ventral view. Reproduced from
Fain, A. (1961) with permission.

O.Smml

Fig. 9.17  Ophionyssus natricis. (Left) Male, ventral view. (Right) Female, ventral view. Reproduced from Reichenbach-Klinke, H. and Elkan, E.
(1965) with permission. 197
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the adult stage. Larvae do not feed, but nymphs must
feed before molting to the next stage. The entire life cycle
requires 13 to 19 days. Some mites live as long as 40 days.
The source of infection is usually infested animals that
have been added to a colony without quarantine or
treatment.

Pathologic Effects. The number of mites that present
on captive snakes can vary from a few to hundreds. Infesta-
tions may become generalized, with mites feeding between
scales over the entire body or focal, with mites found near
the eyes and the gular fold’4. Heavy infestations are charac-
terized by irritation, severe anemia, and death. Ophionyssus
natricis is a mechanical vector of Aeromonas hydrophila, an
important bacterial pathogen of snakes”, and has been
implicated in the transmission of inclusion body disease, a
potentially devastating viral disease of snakes.

Clinical Disease. Snakes infested with mites may
appear listless, irritated, and lethargic. It is not uncommon
for mite-infested snakes to produce serial sheds in an
attempt to rid their body of the mites. Affected snakes may
also be found regularly soaking in water in an attempt to
obtain some relief.

Diagnosis. Infestation with O. natricis is often first
recognized by the appearance of small white deposits
of mite feces on the body. Clinical signs aid in diagnosis’>.
Definitive diagnosis is by identification of the mite.
A cotton-tipped applicator soaked in mineral oil can
be used to collect mites from the snake for microscopic
examination.

Treatment. Newly acquired snakes should be carefully
inspected and, if infested, isolated, treated, and placed in
clean, sterilized cages. Affected animals can be soaked
in lukewarm water daily to drown mites. Ivermectin
(0.2 mg/kg, repeated in two weeks for three treatments) can
be used to treat mites on the snakes, but provides no effect
on larval stages. Provent-a-mite (0.5% permethrin)(Pro
Products Mahopac, NY) has excellent efficacy against mites
on snakes and mites in the environment.

In addition to treating with Provent-a-mite, the
enclosure substrate should be replaced daily. The author
prefers to use newspaper or paper towels because of the
ease of daily replacement.

Biological control methods using predatory mites
(Hypoaspis sp.) can also be used. These mites seek out and
prey on Ophionyssus. Once the predatory mites have
contained the snake mite infestation, they may feed on
detritus in the vivarium or simply expire.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Prevention. Preventing the introduction of Ophionyssus
into a snake colony is critical, and can be accomplished using
strict hygiene and quarantine procedures. Prophylactic
spraying of newly acquired snakes with Provent-a-mite prior
to entering and exiting quarantine is highly recommended.

Public Health Considerations. Infestation of labora-
tory personnel has been reported”!.

Suborder Prostigmata

Trombiculids Morphology. Often classified as “chigger
mites,” these six-legged mites are common on wild reptiles
from North America and farm-raised iguanas from Central
and South America. These mites often have a red to orange
color, and are similar in size to Ophionyssus mites.

Hosts. Important genera include Eutrombicula,
Hirstiella, and Neotrombicula. Larvae are often found on
reptiles and sometimes on amphibians obtained from their
natural habitats”!. The most common species found on
North American reptiles is E. alfreddugesi, the common
chigger (Figure 9.18)7°. It is prevalent throughout the
Western Hemisphere and has been reported to affect box
turtles, other turtles, racers, hognose snakes, kingsnakes,
garter snakes, other snakes, and lizards’”78. Another com-
mon species found in the southeastern United States is
E. splendens, which infests snakes and lizards. Hirstiella is
the most common genus isolated from green iguanas in
Central America. The common harvest mite of Europe,
N. autumnalis, also parasitizes reptiles and has been found
on the viviparous lizard and possibly on snakes.

Life Cycle. The life cycle is typical of Trombiculid
mites. Only the larvae are parasitic. Nymphs and adults are
free-living. Larvae feed to engorgement. The life cycle has
not been completed in the laboratory.

Pathologic Effects and Clinical Disease. Mites are
generally found in the skin folds surrounding the axillary
and inguinal regions, although infestations may become
generalized. The pathologic effects and clinical presenta-
tion are similar to those of O. natricis.

Diagnosis, Treatment, and Prevention. Infestation
with chigger mites is often first recognized by the appear-
ance of clusters of red-orange mites. A cotton-tipped appli-
cator soaked in mineral oil or thumb forceps can be used
to collect mites for microscopic examination. Recommen-
dations for treatment and prevention of mite infestation
are as described for Ophionyssus.

Public Health Considerations. Trombiculids cause
severe dermatitis in humans. Infested laboratory animals
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Fig. 9.18  Eutrombicula alfreddugesi. (Left) Adult female, dorsal view. (Right) Larva, dorsal view. Reproduced from Ewing, H.E. (1929) with permission.

are not considered a major risk for human infestation
because larvae feed only once, and the life cycle has not
been completed in the laboratory.

Class Pentastomida

Morphology. Adult pentastomes are vermiform arthro-
pods common in tropical snakes and lizards.

Hosts. Snakes and lizards commonly serve as hosts to
a variety of pentastomes. Among the most important gen-
era are Armillifer, Kiricephalus, Porocephalus, Raillietiella,
and Sebekia.

Armillifer spp. has been found in vipers and African
pythons (Python sebae). Kiricephalus spp. are generally
associated with non-venomous snakes. Kiricephalus coarc-
tatus is common in North, Central, and South American
colubrid snakes””. Immature stages are found in the subcu-
taneous muscles of racers, rat snakes, garter snakes, and
other snakes. Adults occur in the lungs of rat snakes, garter
snakes, and other snakes. Kiricephalus pattoni occurs in
colubrid and boid snakes from Asia, Indonesia, Australia,
and Madagascar®®. Immature stages have been found in
the subcutaneous tissues or the stomach wall of snakes®!.
Adults occur in the lungs of racers and other snakes.

Adults of the genus Porocephalus (Figure 9.19) occur
in the lungs of crotalid, boid, and some colubrid snakes in
North and South America and Africa®®8'. Porocephalus
crotali is particularly common in rattlesnakes (Crozalus

spp.) in the United States. Prevalence rates have been
estimated to be >50% in some areas®’. Although
Porocephalus is uncommon in laboratory snakes, members
of the genus are important because immature stages occur
in certain laboratory rodents and primates. These are
discussed in the chapters covering those host species.

Raillietiella has a cosmopolitan distribution among
lizards and snakes®®8!. Only one species, Raillietiella
bicaudata, occurs in North America. It is found in the
lungs of rat snakes and other snakes®'. The most common
species from Europe, R. orientalis, occurs in the lungs of
racers, rat snakes, and other snakes®'. Raillietiella boulen-
geri is the most common species in Africa®!. Immature
stages of this species are found in various tissues of snakes
and lizards, and adults occur in colubrid, boid, viperid,
and other snakes®>. Only one species, R. furcocerca, occurs
in South America®!. Larvae and nymphs of this species are
found in various tissues of racers and rat snakes, and adults
occur in the lungs of colubrid, boid, crotalid, and other
snakes. Sebekia spp. are primarily found in crocodilians.
Adults of S. oxycephala occur in the lungs, trachea, and
pharynx of crocodiles, alligators, and spectacled caimans in
North and South America®®!. Immature stages are fre-
quently encountered in hognose snakes and occasionally in
lizards. They also occur in fishes’!.

Life Cycle. Adult pentastomes usually live in the
lungs, bronchi, trachea, pharynx, and oral or coelomic cav-
ities. Larvae and nymphs occur in the lungs or other
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Fig. 9.19 Porocephalus females. Reproduced from Fain, A. (1961)
with permission.

organs and tissues. Eggs shed by the adult stage are
coughed up, swallowed, and passed with the feces. The
eggs are ingested by an intermediate host, where they
develop into infective nymphs. The life cycle is continued
after a reptile consumes an infected intermediate host.
Once ingested, the infective larva penetrates the intestinal
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wall and migrates to specific locations in the body, depend-
ing on parasite species, where it develops into an adult.

Pathologic Effects and Clinical Disease. The majority
of the pathology associated with pentastomid infections is
localized. Commonly there is localized inflammation at the
site of attachment of the adult stages. Larval stages can also
induce pathologic changes during the migration from the
intestines to the site of adult development. Most cases are
asymptomatic. Respiratory distress and dyspnea occur with
heavy burdens. The most severe clinical disease occurs in
crocodilians, where pulmonary changes can be more severe.

Diagnosis. Antemortem diagnosis is by finding pen-
tastomid eggs on fecal flotation or by endoscopic examina-
tion of the respiratory tract and visualization of adult
worms. Postmortem diagnosis can be made from the
demonstration of the adult worms at the time of gross
necropsy, or by histologic evidence of migrating larvae
from the intestine.

Treatment. Ivermectin (0.2 to 1.0 mg/kg, repeated in
two and four weeks) may be used to reduce egg production
by pentastomids, but may not be eliminate the infection.
Anthelmintic treatment may secondarily result in throm-
boembolic disease if the adult parasites succumb to the
treatment, though this sequella appears to be rare. Adult
worms can also be removed endoscopically.

Prevention. Reptiles should be screened for patent
pentastome infections during quarantine. Laboratory
reptiles represent “dead end” hosts because the life cycle
cannot be completed without suitable intermediate hosts.

Public Health Considerations. Humans can become
incidentally infected with pentastomids.
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TABLE 9.1 Darasites of reptiles—circulatory/lymphatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Trypanosoma North America Turtle Blood Leech transmission None 100
chrysemydis

Trypanosoma North America Garter snakes Blood Probably bite of Unknown 101
thamnophis arthropod

Coccidia

Haemogregarina North America Snakes Blood Leech transmission Anemia 15,98
spp-

Haemogregarina Europe Tortoises Blood Leech or tick transmission Anemia 98
ibera

Haemogregarina Europe, North America Turtles Blood Leech or tick transmission Anemia 16, 98
stepanowi

Hepatozoon Africa, Europe Tortoises Blood Ingestion of tick None 99
mauritanicum

Karyolysus Europe Lizards Blood Ingestion of mite None 103
lacertae

Plasmodium Central and Anoles, spiny Blood Bite of bloodsucking Heavy infections 102
Sfloridense North America lizards arthropod sometimes cause death

Plasmodium North America Spiny lizards Blood Bite of sandfly None 104
mexicanum

Tunetella emydis Europe Pond turtles Blood Bite of bloodsucking None 71

arthropod
Trematodes
Spirorchis spp. North America Turtles Heart, blood vessels Penetration of skin by Massive infections 27,105

cercaria released from snail

probably cause death
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TABLE 9.2 Parasites of reptiles—enterohepatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Flagellates
Chilomastix bursa North America Lizards Intestine Ingestion of organism None 108
passed in feces
Chilomastix sp. North America Tortoises, turtles Intestine Ingestion of organism None 84
passed in feces
Giardia sp. Europe, North America European pond Small intestine Ingestion of organism None 1
terrapins, snakes passed in feces
Greponemas spp. North America Turtles Intestine Ingestion of organism None 84
passed in feces
Hexamastix spp. North America Lizards Intestine Ingestion of organism None 108
passed in feces
Hexamita natrix Asia Water snakes Stomach, small intestine  Ingestion of organism None 84
passed in feces
Hexamita parvus Worldwide Turtles Large intestine Ingestion of organism None 85
passed in feces
Hypotrichomonas acosta Worldwide Snakes, lizards Large intestine Ingestion of organism None 109
passed in feces
Leishmania chamaeleonis  Africa Chameleons Intestine Probably by ingestion None 84
of invertebrate
Leishmania spp. Western US Desert night lizards ~ Intestine Probably by ingestion None 110
of invertebrate
Monocercomonas spp. Worldwide Snakes, lizards Intestine Ingestion of organism None 111
passed in feces
Monocercomonoides Asia, North America Snakes, lizards Intestine Ingestion of organism None 112
lacertae passed in feces
Octomitus spp. Worldwide Lizards Large intestine Ingestion of organism None 113
passed in feces
Proteromonas Worldwide Lizards, snakes Rectum Ingestion of organism None 112
lacertaeviridis passed in feces
Proteromonas regnardi Europe European pond Rectum Ingestion of organism None 114
terrapins passed in feces
Retortamonas saurarum Europe, North America Snakes, lizards Intestine Ingestion of organism None 112
passed in feces
Retortamonas spp. South America Tortoises Intestine Ingestion of organism None 112
passed in feces
Tritrichomonas North America, West Indies  Green anoles Intestine Ingestion of organism None 86
nonconforma passed in feces
Amoebae
Endolimax clevelandi North America Turtles Intestine Ingestion of organism None 116
passed in feces
Entamoeba barreti North America Snapping turtles Intestine Ingestion of organism Unknown 9

passed in feces
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Entamoeba invadens Worldwide Snakes, lizards, Intestine, stomach, Igestion of organism Gastrointestinal
turtles liver passed in feces ulceration, hepatitis 87
Entamoeba terrapinae North America Red-eared turtles Intestine Ingestion of organism None 9
passed in feces
Entamoeba testudinis Europe, North America Turtles Intestine Ingestion of organism None 9
passed in feces
Entamoeba spp. Great Britain, Garter snakes Intestine Ingestion of organism None 1
North America passed in feces
Vahlkampfia dobelli Europe Lizards Intestine Ingestion of organism None 71
passed in feces
Vahlkampfia reynoldsi North America Eastern fence lizards  Intestine Ingestion of organism None 116
passed in feces
Coccidia
Caryospora spp. Americas Snakes Intestine Ingestion of oocyst None 117
passed in feces or tissue
forms in mice
Caryospora simplex Europe Snakes Intestine Ingestion of oocyst passed ~ None 118
in feces or tissue forms
in mice
Cryptosporidium Worldwide Lizards Intestine Ingestion of sporulated Enteritis 88
saurophilum oocyst
Cryptosporidium Worldwide Snakes Stomach Ingestion of sporulated Gastritis 88
serpentis oocyst
Eimeria crocodyli Central America American crocodiles  Intestine Ingestion of sporulated None 91
oocyst
Eimeria spp. Worldwide Lizards Intestine Ingestion of sporulated None 89
oocyst
Eimeria spp. Worldwide Snakes Gallbladder, bile duct, Ingestion of sporulated None 90
intestine oocyst
Eimeria spp. Europe Tortoises Intestine Ingestion of sporulated None 95
oocyst
Eimeria spp. Worldwide Turtles Intestine Ingestion of sporulated None 92,93, 94
oocyst
Isospora spp. Worldwide Snakes Intestine Ingestion of sporulated None 96
oocyst
Sarcocystis lacertae Europe Snakes Intestine Ingestion of intermediate None 149
host (lizard)
Myxozoa
Myxidium chelonarum North America Turtles Bile duct, gallbladder Probably by ingestion of None 97

organism passed in feces

(Continued)
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TABLE 9.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Ciliates
Balantidium spp. Worldwide Tortoises, turtles, Intestine Ingestion of organism None 119
lizards passed in feces
Nyctotheroides spp. Worldwide Tortoises, turtles, Intestine Ingestion of organism None 119
lizards passed in feces
Trematodes
Monogenetic and Aspidobothretic
Aspidogaster conchicola Worldwide Turtles Stomach, intestine Ingestion of infected clam ~ None 120
Cotylaspis cokeri North America Turtles Stomach, intestine Ingestion of infected clam ~ None 71
Cotylaspis spp. Asia Turtles Stomach, intestine Ingestion of infected clam ~ None 121
Cotylaspis stunkardi North America Snapping turtles Stomach, intestine Ingestion of infected clam ~ None 71
Gyrodactylus spp. Worldwide Turtles Oral cavity (also skin, Direct contact Enteritis 32
urinary bladder)
Polystomoides spp. Asia, North America Turtles Mouth Direct contact None 122
Adult Digenetic
Allassostoma magnum North America Turtles Large intestine Ingestion of metacercaria None 123
Allassostomoides spp. North America Turdles, frogs Colon (also found in Ingestion of metacercaria None 124
urinary bladder,
cloaca)
Encyclometra Asia, Europe Snakes Intestine Ingestion of frog tadpole None 125
colubrimurorum
Leptophallus Africa, Europe Snakes, lizards Esophagus, intestine Ingestion of second Esophagitis, enteritis 126
nigrovenosus intermediate host
(arthropod)
Microphallus spp. North America Turtles Intestine Ingestion of second None 49
intermediate host
(crustacean)
Paradistomum mutabile  Asia, Europe Lizards Gallbladder Ingestion of second Cholecystitis 127
intermediate host
(arthropod)
Protenes chapmani North America Red-eared turtles Intestine Ingestion of second None 128
intermediate host
(arthropod)
Telorchis spp. North America Turtles, snakes Intestine Ingestion of second None 129

intermediate host

(arthropod)

Larval digenetic
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Platynosomum fastosum Americas Anoles, cats Bile duct Ingestion of isopod None 130
Cestodes
Acanthotaenia spp. Africa Reptiles Small intestine Ingestion of Inflammation at site 149
intermediate host of attachment
Baerietta spp. Australia Lizards Small intestine Ingestion of None 154
intermediate host
Crepidobothrium spp. South America Snakes Small intestine Ingestion of Inflammation at site 150
intermediate host of attachment
Ophiotaenia spp. Africa, North America Snakes, turtles Small intestine Ingestion of Inflammation at site 151, 152
intermediate host of attachment
Oochoristica spp. North America Anoles, snakes, Intestine Ingestion of None 131,132
lizards, turtles intermediate host
Proteocephalus testudo North America Turtles Intestine Ingestion of Inflammation at site 133
intermediate host of attachment
Proteocephalus spp. South America Lizards, snakes Intestine Ingestion of Inflammation at site 153
intermediate host of attachment
Nematodes
Rhabditoidea
Strongyloides spp. Worldwide Snakes Esophagus, Intestine Ingestion of infective Enteritis 136
larva or penetration
of skin by larva
Ascaridoidea
Ophidascaris North America Snakes Stomach Ingestion of intermediate Gastritis 138
labiatopapillosa host (amphibian)
Strongyloidea
Atractis carolinea North America, Carribean  Box turtles, anoles Intestine Ingestion of infective larva None 137
Atractis dactyluris Europe, northern Africa Tortoises Large intestine Ingestion of infective larva ~ None 137
Diaphanocephalus spp. South America Snakes Stomach, intestine Probably by ingestion Gastroenteritis, anemia 137
of arthropod
Kalicephalus spp. North America Snakes Stomach, intestine Probably by ingestion Gastroenteritis, anemia 137
of arthropod
Oxyuroidea
Alaeuris spp. Worldwide Lizards, tortoises, Large intestine Ingestion of Potential 141
turtles embryonated egg intussusception
Falcaustra spp. Americas Turtles Large intestine Ingestion of None 44,137
embryonated egg
Ozolaimus spp. Worldwide Lizards, tortoises, Large intestine Ingestion of Potential 141
turtles embryonated egg intussusception
Tachygonetria spp. Worldwide Tortoises Large intestine Ingestion of Intestinal obstruction 139

embryonated egg

(Continued)
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TABLE 9.2  (continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Trichostrongyloidea

Oswaldocruzia spp. Worldwide Reptiles Intestine Ingestion of infective larvae  None 141

Spiruroidea

Camallanus microcephalus, North America Turtles, frogs Stomach, duodenum Ingestion of copepod Gastritis, enteritis 49, 50

C. trispinosus
Spiroxys contortus Africa, Europe, Turtles Stomach, duodenum Ingestion of copepod Qastritis, enteritis 35
North America

Trichuroidea

Capillaria serpentina North America Turtles Intestine Ingestion of embryonated ~ None 142
egg or earthworm

Capillaria spp. Worldwide Snakes Intestine Ingestion of embryonated None 143
egg or earthworm

Acanthocephalans

Neoechinorhynchus spp.  Europe, North America Turtles Intestine Ingestion of first Intestinal obstruction 144
intermediate host
(ostracod) or second
intermediate host (snail)

Arachnida

Mites

Prostigmates

Caminacarus spp. Israel, North America Pond turtles Rectum Direct contact None 145

Chelonacarus spp. Asia, North America Turtles Rectum Direct contact None 146

Theodoracarus Israel Tortoises Rectum (also found Direct contact None 147

testudinis in muscle)

Pentastomids

Subtriquetra shipleyi Asia Crocodilians Pharynx Ingestion of intermediate None 148
host (fish)

Subtriquetra subtriquetra Africa, South America Crocodilians Mouth, pharynx Ingestion of intermediate None 148

host (fish)




L0¢

TABLE 9.3 Parasites of reptiles—skin and connective tissue and musculoskeletal system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Coccidia
Sarcocystis lacertae Europe Lizards Muscle Ingestion of sporocysts None 149
from definitive host
(snake)
Nematodes
Dracunculoidea
Chelonidracunculus North America Snapping turtles Body cavity Ingestion of intermediate None 137
globocephalus host (copepod)
Ophiodracunculus North America Garter snakes Subcutis or body cavity ~ Ingestion of intermediate None 137
ophidensis host (copepod)
Filaroidea
Foleyella spp. Worldwide Lizards Subcutaneous tissue, Mosquito transmission Debilitation 150
abdominal cavity
Cestodes
Larval
Diphyllobothrium erinacei  Asia, Australia, Snakes, turtles Subcutaneous tissues Ingestion of first None 38
South America intermediate host
(amphibians)
Spirometra mansonoides ~ North America Snakes, turtles Subcutaneous tissues Ingestion of first None 39
intermediate host
(amphibians)
Leeches
Actinobdella annectens North America Snapping turtles Skin Direct contact None 71
Ozobranchus branchiatus  North America Green turtles Skin of neck, eyelids Direct contact Associated with 151
skin tumors
Diptera (flies)
Anolisimyia blakeae North America Green anoles Skin Eggs deposited Myiasis 152
(Sarcophagidae) by female fly
Calliphoridae Europe Tortoises, turtles Skin wounds Eggs deposited Myiasis 71
by female fly
Cistudinomyia cistudinis ~ North America Turtles, gopher Skin wounds Eggs deposited Myiasis 63
(Sarcophagidae) tortoises (Gopherus by female fly
polyphemus)
Ceratopogonidae Worldwide Reptiles Skin Direct contact Irritation, pathogen 153
(midges) transmission

(Continued)
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TABLE 9.3  (Continued)
Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Culicidae (mosquitoes)  Worldwide Reptiles Skin Direct contact Irritation, pathogen 154
transmission
Psychodidae (sand flies) ~ Worldwide Reptiles Skin Direct contact Pathogen transmission 155
Arachnida
Ticks (Hard)
Amblyomma testudinis South America Reptiles Skin Direct contact Probably causes irritation 164
Amblyomma North America Gopher tortoises Skin Direct contact Irritation, pathogen 165
tuberculatum (Gopherus transmission
polyphemus), box
turtles, Eastern
fence lizards
Amblyomma spp. Africa, Americas Reptiles Skin Direct contact Irritation, pathogen 166
transmission
Aponomma elaphense North America Rat snakes Skin Direct contact Irritation, pathogen 167
transmission
Aponomma spp. Africa Reptiles Skin Direct contact Irritation, pathogen 166
transmission
Haemaphysalis concinna  Asia, Europe Reptiles Skin Direct contact Irritation, pathogen 168
transmission
Haemaphysalis punctata  Africa, Asia, Europe Lizards, snakes, Skin Direct contact Irritation, pathogen 169
mammals transmission
Hyalomma aegyptium Asia, Europe Tortoises, turtles, Skin Direct contact Irritation, pathogen 170
lizards transmission
Ixodes pacificus North America Garter snakes, lizards  Skin Direct contact Irritation, pathogen 171
transmission
Ixodes ricinus Europe Lizards Skin Irritation, pathogen 172
transmission
Ticks (Soft)
Ornithodoros moubata Southern Africa Tortoises Skin Direct contact Irritation, pathogen tr 69
complex tra nsmission
Ornithodoros turicata North America Box turtles, gopher  Skin Direct contact Irritation, pathogen 65
tortoises (Gopherus transmission
polyphemus),
rattlesnakes
(Crotalus)
Mites
Mesostigmata
Asiatolaelaps spp. Asia Snakes Skin Direct contact None 157
Haemilaelaps spp. Worldwide Snakes Skin Direct contact None 157
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Ixobiodes butantanensis South America Colubrid snakes Skin Direct contact None 157
Ixodorhynchus spp. Asia, North America Snakes Skin Direct contact None 157,158
Neoliponyssus spp. Asia, Europe Lizards Skin Direct contact None 156
Ophionyssus natricis Worldwide Snakes, lizards Skin Direct contact Irritation, anemia, 74

mechanical vector of

Aeromonas hydrophila
Strandtibbettsia gordoni Asia Water snakes Skin Direct contact None 157
Prostigmata
Eutrombicula hirsti Asia Snakes Skin Direct contact None 71,78
Eutrombicula insularis West Indies Anoles Skin Direct contact None 71
Geckobiella texana North America Lizards Skin Direct contact None 159
Hirstiella spp. North America Lizards Skin Direct contact None 160
Neotrombicula spp. Worldwide Lizards Skin Direct contact None 78, 161
Ophioptes spp. Americas Snakes Skin Direct contact None 162
Trombicula hasei Europe Lizards Skin Direct contact None 163
Trombicula agamae Asia Starred lizards Skin Direct contact None 71

(Agamo stellio)
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TABLE 9.4 Parasites of reptiles—respiratory, nervous, and urogenital systems.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference
Myxozoa
Myxidium americanum North America Softshell turtles Kidneys Ingestion of organism None 97
passed in urine
Trematodes
Monogenetic and Aspidobothretic
Polystomoides spp. Asia, Europe, North America Turtles Urinary bladder Direct contact None 174
Adult digenetic
Dasymetra conferta North America Water snakes Lungs (also found in Ingestion of second Pneumonitis 175
mouth, esophagus, intermediate host
intestine) (frog tadpole)
Heronimus chelydrae North America Turtles Lungs Ingestion of intermediate None 176
host (snail)
Lechriorchis spp. North America Garter snakes Lungs (also found in Ingestion of second Pneumonitis 177
mouth, esophagus, intermediate host (frog
intestine) tadpole)
Ochetosoma spp. North America Snakes Lungs (also found in Ingestion of second Pneumonitis 178
mouth, esophagus, intermediate host
intestine) (frog tadpole)
Zeugorchis spp. North America Garter snakes Lungs (also found in Ingestion of second Pneumonitis 175
mouth, esophagus, intermediate host
intestine) (frog tadpole)
Larval digenetic
Alaria marcianae North America Snakes, frogs, birds Subcutaneous tissues Ingestion of intermediate None 85,113
(Paratenic hosts) host (frog tadpole)
Nematodes
Rhabditoidea
Entomelas spp. Europe Lizards Lungs Ingestion of infective larva ~ Pneumonitis 134
or penetration of skin
by larva
Rhabdias spp. Worldwide Snakes, anoles, Lungs Ingestion of infective larva Pneumonitis 135

chameleons

or penetration of skin

by larva
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Arachnida

Mites
Mesostigmata
Entonyssus spp. Asia, North America Snakes Trachea, lungs Direct contact None 70
Viperacarus europaeus Europe European vipers Trachea, lungs Direct contact None 70
Pentastomids
Alofia spp. Africa, Asia, South America  Crocodilians Lungs, trachea Ingestion of intermediate None 80, 179
or paratenic host
Armillifer armillatus Africa Snakes Lungs, trachea Ingestion of intermediate Usually none 173
host (primates, rodents,
others)
Armillifer moniliformis Africa, Asia, Australia Snakes Lungs, trachea Ingestion of intermediate Usually none 81
host (rodents)
Kiricephalus spp. Worldwide Snakes Lungs, subcutaneous Ingestion of intermediate Usually none 180
tissues, stomach wall or paratenic host
Leiperia cincinnalis Africa Nile crocodiles Lungs (also found in Ingestion of intermediate Usually none 181
heart, aorta) or paratenic host
Leiperia gracilis South America Crocodilians Lungs Ingestion of intermediate Usually none 106
or paratenic host
Porocephalus spp. Africa, Americas Snakes Lungs, subcutaneous Ingestion of intermediate None 81
tissues or paratenic host
Raillietiella spp. Worldwide Snakes Lungs Ingestion of intermediate None 81,83
or paratenic host
Sebekia spp. Americas, Asia, Crocodilians Lungs Ingestion of intermediate None 80
South America or paratenic host
Subtriquetra Africa Crocodiles Cephalic tissues Ingestion of intermediate None 80
megacephala or paratenic host
Waddycephalus Asia, Australia Snakes Lungs Ingestion of intermediate None 81
teretiusculus or paratenic host
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PARASITES OF BIRDS

INTRODUCTION

Several species of birds are used as subjects in biomedical
research. Many of these, especially those collected from the
wild, are infected or infested with parasites. This chapter
covers the major parasites in those orders of birds com-
monly housed in laboratory settings. These include birds
in the following orders: Galliformes (chickens, turkeys,
and related species), Anseriformes (waterfowl), Passeri-
formes (perching songbirds), Columbiformes (pigeons,
doves, and related species), and Psittaciformes (parrots and
related species).

PROTOZOA

Phylum Sarcomastigophora
Class Mastigophora (Flagellates)

Chilomastix gallinarum

Morphology. Chilomastix gallinarum is pear- or carrot-
shaped and measures 11 p to 20 p long by 5 pto 12 p
wide'. It is a cyst-forming flagellate with a large, 8-shaped
cytostomal cleft and lacks an undulating membrane!~.
Cysts are lemon-shaped and measure 7 p to 9 plong by 4 p
to 6 p wide, and have a single nucleus'.

Hosts and Life Cycle. Chilomastix gallinarum has
been reported in the ceca of Galliformes (chickens,
turkeys, pheasants, quail, chukar partridges) and Anseri-
formes (ducks and geese)*“. In one study, up to 40% of
chickens surveyed in the eastern U.S. harbored C. galli-
narum?. The life cycle is direct. Multiplication is via binary
fission. Transmission is via ingestion.

Pathologic Effects and Clinical Disease. While
some report that C. gallinarum is nonpathogenic?
quail, gross lesions include distension of the lower diges-
tive tract. The contents are green, watery, and foamy.
Microscopic examination demonstrated superficial necro-
sis of the intestinal mucosal’. Birds with C. gallinarum
infection have watery, foamy, and/or bloody feces in the
absence of other detectable pathogens®.

Diagnosis. Diagnosis requires fresh, warm feces.
Detection is not possible with refrigerated feces or dead
carcasses’.

Treatment. Metronidizole (100 mg/kg body weight
[BW] daily for five days) improved growth of experimen-
tally infected chickens, but did not eliminate the parasite®.
However, Spartrix (carnidazole; 3 tablets/kg BW for two
consecutive days) given to individually caged birds

, In
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eliminated the infection. Fecal consistency and frequency
returned to normal®.

Prevention. It was recommended that nitroimidazole
be added to the food for at least three weeks to protect
birds under field conditions®. The prevention or control of
C. gallinarum infection in chickens requires improved
hygiene’.

Public Health Considerations. Chilomastix galli-

narum does not infect humans.

Cochlsosoma anatis

Morphology. Trophozoites of Cochlosoma anatis possess
an adhesive disk similar to that of Giardia sp., suggesting a
phylogenetic relationship®. Trophozoites of C. anatis mea-
sure 8.4 p to 10.3 p long by 5 to 6.1 p wide. Some have
considered C. anatis synonymous with C. rostratum. How-
ever, trophozoites of C. rostratum measure 6 p to 10 p long
by 3.9 p to 6.7 p wide. The anterior end of the C. anatis
trophozoite bears a conspicuous adhesive disk measuring
4.6 pto 5.6 p long by 4.6 p to 5.3 p wide®. The adhesive
disk covers half of the surface of the cell.

Hosts. Cochlosoma anatis has been found in Anseri-
formes (geese) and Galliformes’. Besides C. anatis, there
are four other Cochlosoma species: C. picae from a magpie
(Pica pica hudsonia)'®, C. turdi from an American robin
(Turdus migratorius)'®, C. striatum from a ruffled grouse
(Bonasa umbelus)"', and C. scolopacis from a woodcock
(Scolopax rusticola). In addition, a Cochlosoma sp. was
found in the blue-faced parrot-finch, zebra finch, painted
finch, nutmeg mannikin, and double-barred finch'?, while
C. anatis-like protozoans have been found in red-headed
parrot-finches, Bengalese finches, and Lady Gould
finches'.

Life Cycle. The life cycle is direct. Transmission is via
the fecal-oral route. Reproduction occurs by binary longi-
tudinal fission.

Pathologic Effects. Cochlosoma anatis has been iso-
lated from turkeys with enteritis”!?. Histological lesions in
these cases were characterized by blunting and fusion of the
intestinal villi. Moreover, there was a cellular infiltration of
the lamina propria with lymphocytes, plasma cells, histio-
cytes, and heterophils. An increased number of mitotic
figures was also noted in the crypt epithelium. Although
pathological lesions were not noted in adult finches, there
were numerous flagellates between the colorectal villi and
the cloacal mucosal folds'?. Experimental inoculations of
ducklings with C. anatis resulted in increased villus length
and crypt depth, but without clinical signs'*.
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Clinical Disease. Infection of Cochlosoma species in
adult finches is usually subclinical'?, though runting has
been reported in ducklings'.

Diagnosis, Treatment, and Prevention. Diagnosis is
via observation of the parasite on wet mounts or direct
smears. Metronidazole and ronidazole were found to be
effective against Cochlosoma species'?. Prevention is
achieved by reducing environmental contamination.

Public Health Considerations. Cochlosoma anatis

does not infect humans.

Giardia psittaci

Morphology. Giardia psitraci trophozoites are dorsoventrally
flattened, possess eight flagella, and have an adhesive disc on
the ventral surface. They possess a claw-hammer-shaped
median body, similar to other members of the genus. Giardia
psitraci differs from G. duodenalis of mammals by lacking a
ventrolateral flange and thus having no marginal groove bor-
dering the anterior and lateral borders of the adhesive disc'®.
Box!” described Giardia in budgerigars as Giardia duodenalis
race psittaci because the trophozoites were of the G. duode-
nalis-type with elongated median bodies, which were
pointed on one or both ends and that were perpendicular to
the long axis. These trophozoites were 10 p to 18 p long by
4.5 pto 11 p wide, with a length-to-width ratio of 2:1.

Hosts. Giardia psittaci has been reported in a variety
of bird species, including Anseriformes (Canada geese)!'®
and Psittaciformes (budgerigars)'®. Giardia trophozoites
have been observed in the duodenum of the budgerigar®.
Unidentified Giardia have been reported in free-living
passerines with the following prevalences: 35% blackbirds
(Turdus merula), 50% thrushes (Turdus philomelos), 15.4%
sparrows (Passer domesticus), 60% chaffinches (Fringilla
coelebs), and 14.3% hedge sparrows (Prunella modularis)*'.

Life Cycle. The life cycle is direct. Transmission is via
the fecal-oral route. Reproduction occurs by binary longi-
tudinal fission.

Pathologic Effects and Clinical Disease. Enteritis
has been reported in budgerigars'. Giardia psittaci may
cause diarrhea, retarded growth, and dehydration in
budgerigars'. Clinical signs do not always accompany
infection. For example, G. psittaci has also been isolated
from clinically healthy geese and songbirds'®2!.

Diagnosis, Treatment, and Prevention. Diagnosis is
confirmed by observing the protozoa on direct smears and
wet mounts. Metronidazole in the drinking water resulted
in budgerigars being negative for G. psiztaci five days after
treatment'”. Reduction of fecal contamination reduces
potential transmission.
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Public Health Considerations. Giardia psittaci does
not infect humans.

Hexamita columbae

Hexamita columbae (Syn. Spironucleus columbae, Octomitus
columbae) measures 5 p to 9 p long by 2.5 p to 7 p wide, is
piriform-shaped, and has two nuclei near the anterior end.
It has six anterior and two posterior flagella'. Hexamita
columbae has been reported in the pigeon, and has been
found in the duodenum, jejunum, ileum, and large intes-
tine!. It has been reported to cause catarrhal enteritis'. The
duodenum can be dilated??. In young pigeons, Hexamita
has been associated with weight loss, diarrhea, and
unthriftiness. Racing pigeons also demonstrated reduced
flight performance, emaciation, changes in posture, and
slow crop emptying. Pigeons aged seven to 10 weeks are
most commonly affected??.

Diagnosis is through observation of the protozoa in
fresh fecal material via a wet mount. Observation of clinical
signs aids in diagnosis. The nitroimidazole family of drugs
has been effective. Carnidazole at 20 mg/kg BW works
effectively in individual birds?>. Proper hygiene and sanita-
tion are important to reduce transmission among birds.
There are no known reports of Hexamita columbae causing
disease in humans. In addition to H. columbae, an uniden-
tified Hexamita species was reported in the small intestines

and cecum of a finch (Poephila gouldiae gouldiac)™.

Hexamita meleagridis

Morphology. Hexamita meleagridis (Syn. Spironucleus
meleagridis) trophozoites are piriform-shaped, bilaterally
symmetrical, and measure 6 p tol2 plong by 2 pto 5 p
wide with binucleate large endosomes®*. Trophozoites have
two anterior nuclei, four anterior flagella, two anterolateral
flagella, two posterior flagella, and two separate axostyles.
The four anterior flagella recurve along the body?.

Hosts. Hexamita meleagridis is found in pheasants,
quail, chukar partridges, peafowl, and turkeys'. An
unidentified species of Hexamita has also been reported in
psittacines and young pigeons?’. In young birds, Hexamita
is primarily found in the duodenum and small intestines'.
In adults, the cecum and bursa of Fabricius are also
colonized!.

Life Cycle. The life cycle is direct. Transmission is via
ingestion of contaminated food and/or water. Multiplica-
tion is by longitudinal binary fission'. Recovered birds can
serve as carriers’.

Pathologic Effects. Pathologic changes occur in the
small intestine, and include catarrhal inflammation and a
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lack of intestinal tone'. The intestinal contents are watery
and foamy. The cecum also contains fluid and the cecal
tonsils are congested'. Petechial hemorrhages may be
observed on the serosal surface of the duodenum. Histo-
logically, one finds lymphocytic, plasmacytic inflamma-
tion in the mucosa of the duodenum and cecum, with
numerous flagellated protozoa present®.

Clinical Disease. Hexamita meleagridis has been
reported to cause clinical disease in four- to 14-week-old
turkeys”. Emaciation and intestinal distension with
watery contents have been noted in affected turkeys,
pigeons, and parrots. Affected turkeys are depressed and
huddled, and they vocalize, have diarrhea, and may eat
their litter (pica). Mortality may reach 12%?. In young
pigeons, signs of weight loss, diarrhea, and unthriftiness
have been reported?.

Diagnosis. Diagnosis is by examination of wet
mounts made from fresh intestinal scrapings, especially
from the duodenum and jejunum, and/or from histologi-
cal sections containing this protozoan. Hexamita may also
be recognized by their rapid, straight motion??. In pigeons,
highly motile flagellates on fresh direct fecal smears are
diagnostic?’.

Treatment. The nitroimidazole antiprotozoal drugs
are the most effective and include carnidazole (Spartrix),
dimetridazole (Emutryl), (Ridzol-S), and
metronidazole. Carnidazole is the drug of choice for
pigeons at 20 mg/kg BW?3.

Prevention. Proper sanitation and management can
reduce transmission among birds. Prevention of fecal-oral
contact is important to control hexamitiasis in pigeon
flocks.

Public Health Considerations. Hexamita meleagridis
is not zoonotic.

ronidazole

Histomonas meleagridis

Morphology. Histomonas meleagridis is an intestinal pro-
tozoan parasite’. It is pleomorphic, with the shape depend-
ing on its location in the body®. In the intestine, it appears
flagellated and ranges in size from 6 p to 18 p in diameter.
There is a clear outer zone of cytoplasm with an inner
granular zone. One to two flagella originate from a basal
granule near the nucleus (Figure 10.1)%. Within the cecal
wall and liver, H. meleagridis appears to lose its flagella, and
becomes more amoeboid. Size also varies depending upon
tissue location. Invasive ameboid forms measure 8 p to
17 p in diameter, vegetative forms measure 12 p to 21 pm
long by 12 p to 15 p wide, and compact forms measure 4 p
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Fig. 10.1 Histomonas meleagridis. Trophozoite from cecum of
chicken. Reproduced from Wenrich, D.H. (1943) with permission.

to 11 p in diameter. Bacteria and food particles may be
found within the organism.

Hosts. Histomonas meleagridis has been reported in
most gallinaceous birds. However, clinical disease has been
more frequently reported in turkeys, game birds (i.e.
pheasants), and peafowl. Chickens are also susceptible but
most often develop unapparent infections.

Life Cycle. The primary means of transmission of
H. meleagridis is through ingestion of the ova of the cecal
worm, Heterakis gallinarum. Direct transmission may
occur if feces containing H. meleagridis is consumed
immediately after defecation, but this is probably not a
significant source of infection?”. Mechanical transmission
via insect vectors has also been reported. Norton and co-
workers?® reported a case of histomoniasis in the absence
of Heterakis gallinarum, but in the presence of Ascaridia
dissimilis.

Pathologic Effects. The livers of affected birds have
crater-like lesions that can measure up to 1 cm in diameter.
These depressed circular lesions represent necrotic areas
and appear yellow to white in color. Ulcerations also occur
on the cecal mucosa. Cecal cores, consisting of hardened
yellow caseated plugs, fill the cecal lumen. In severe cases,
the cecum may rupture. Histomonads may be observed
microscopically in liver and cecal lesions.

Clinical Disease. Histomoniasis is also referred to as
“blackhead.” The incubation period is 14 days®’. Clinical
disease may be severe in turkeys, game birds (i.e. pheas-
ants), and peafowl. Affected birds appear listless, have ruf-
fled feathers, and have yellow (sulfur-colored) diarrhea. In
turkeys, mortality may reach 100%. The disease is less
severe in chickens, where mortality is limited to 5% to
20%3. Young chickens are more susceptible to clinical dis-
ease’. Concurrent infection of chickens with Eimeria
tenella may result in more severe clinical signs of histomo-

niasis®!.
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Diagnosis. A presumptive diagnosis of histomoniasis
is based on finding yellow diarrhea and increased mortality
in the flock. Circular, depressed lesions on the liver, and
ulcers with cecal cores in the cecum, are also presumptive
for histomoniasis. Confirmation is based on finding
H. meleagridis in histological sections or in cecal scrapings.

Treatment. There are no products available for the
treatment of H. meleagridis in food-producing animals in
the United States®. For non-food-producing birds,
metronidazole has been effective for the control of his-
tomoniasis. Experimentally challenged birds had signifi-
cantly greater body weights during treatment and two
weeks post-treatment as well as lower lesion scores when
compared to untreated controls®. Albendazole (100 mg/kg)
and fenbendazole (10 mg/kg) given orally twice a day for
five consecutive days were ineffective for treating clinical
disease. However, prophylactic use of either drug increased
mean body weight gains and reduced liver and cecal lesion
scores. It was suggested that the flagellated form of
H. meleagridis may be more sensitive to chemotherapeutic
agents than the amoeboid form found in tissues®. The
nitroimidazoles, dimetridazole, metronidazole, ornidazole,
and tinidazole, were effective at 200 ppm in the feed®. Lev-
amisole given subcutaneously at a dose of 2.5 mg/100 g
BW has been used successfully in pheasants and quail®.

Prevention. Good management and sanitation can
help reduce the incidence of histomoniasis. In addition,
elimination of the cecal worm must be a component of an
overall control program.

Public Health Considerations. Histomonas melea-
gridis does not infect humans.

Pentatrichomonas gallinarum

Pentatrichomonas gallinarum is piriform-shaped, with five
anterior flagella, four of which are of equal length and the
remaining flagellum shorter. An undulating membrane
traverses the length of the cell, with a free flagellum at its
end!. Pentatrichomonas gallinarum has been found in the
liver and ceca of chickens, turkeys, and guinea fowl'.
Transmission is via oral ingestion. Pentatrichomonas galli-
narum 1s nonpathogenicl. Diagnosis is via examination of
direct smears. As for other nonpathogenic trichomonads,
treatment is not warranted. Good hygiene can reduce
transmission among birds. Pentatrichomonas gallinarum
does not infect humans.

Spironucleus sp.

An unidentified Spironucleus species was reported in

Australian king parrot (Alisterus scapularis) intestines.
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Specific details on the morphology and life cycle of this
organism are lacking. In the single case report, wasting and
diarrhea were observed in affected birds. Yellow-green,
foamy, and liquid contents were found in the intestines.
Spironucleus was seen in the crypts of Lieberkuhn and asso-
ciated with mucus exudation. Catarrhal and lymphoplas-
macytic enteritis were also evident. Clinically affected
birds were emaciated, and had diarrhea, with fecal debris
adhered to their vents®. A definitive diagnosis may be
made by identifying Spironucleus on wet mounts that are
prepared from feces or intestinal contents. Specific treat-
ment regimens for Spironucleus are lacking. Proper sanita-
tion and good management practices will prevent
re-infection. The Spironucleus found in birds has not been
reported in humans.

Tetratrichomonas anatis

Tetratrichomonas anatis (Syn. Trichomonas anatis) measures
13 p to 27 p long by 8 p t018 p wide and possesses four
anterior flagella and an undulating membrane that extends
most of its length'. The parasite inhabits the ceca of
ducks'. The life cycle is direct, with transmission occurring
through ingestion of contaminated food and water. Zezra-
trichomonas anatis does not cause clinical disease or patho-
logic changes in birds. Diagnosis can be made through
examination of wet mounts. Good hygiene will reduce
contamination among birds. Zezratrichomonas anatis does
not infect humans.

Tetratrichomonas anseris

Tetratrichomonas anseris (Syn. Trichomonas anseris) mea-
sures 8 p long by 5 p wide. Four anterior flagella are pres-
ent, and an undulating membrane extends the length of
the cell. A free trailing flagellum is also present!. Zetratri-
chomonas anseris has been reported in the ceca of geese.
Transmission is via ingestion. There are no pathologic
effects or clinical signs associated with this infection. Diag-
nosis is via examination of direct smears. Treatment is not
warranted. Good hygiene will reduce transmission among
birds. Zetratrichomonas anseris does not infect humans.

Tetratrichomonas gallinarum
Morphology. Zewratrichomonas  gallinarum (Syn.  Tri-
chomonas gallinarum, Trichomonas pullorum)' is piriform-
shaped and measures 7 p to 15 p long by 3 p to 9 p wide.
There are four anterior flagella and one posterior flagellum
which runs along its undulating membrane'.

Hosts and Life Cycle. Several avian species may serve
as host to 1. gallinarum, including chickens, turkeys,
guinea fowl, quail, pheasants, and chukar partridges'. This
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parasite is usually found in the cecum®. Infection is direct,
through ingestion of contaminated water and feed.

Pathologic Effects and Clinical Disease. No patho-
logic changes or clinical disease are noted in the cecal
mucosa although there can be numerous organisms in the
villi crypes®.

Diagnosis, Treatment, and Prevention. Diagnosis
can be confirmed with wet mounts. Moreover, this parasite
can be cultivated using trichomonal media'. Infections
with this parasite are not normally treated. Good hygiene
will prevent infection.

Public Health Considerations.
gallinarum does not infect humans.

Tetratrichomonas

Trichomonas gallinae

Morphology. The trophozoites of Trichomonas gallinae are
piriform-shaped and measure 6 p to 19 p long and 2 p to
9 p wide. They also have four anterior flagella and an
axostyle® (Figure 10.2)%. Trichomonas gallinae is not found
in the cyst form®.

Hosts. Trichomonas gallinae has been reported in
many bird species. It is most commonly reported in birds
belonging to the Order Columbiformes?, but also occurs
in Galliformes, Passeriformes, and Psittaciformes>3°.
McKeon and co-workers reported finding 7. gallinae in
zero to 11.4% of budgerigars, 46% of wild Senegal doves,
and 59% of a flock of racing pigeons’®.

Fig. 10.2 Trichomonas gallinae trophozoite. Reproduced from
Wenrich, D.H. (1930) with permission.
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Life Cycle. Transmission is via ingestion of contami-
nated feed and water. In addition, pigeons can transmit
1. gallinae to offspring via the crop milk (“pigeon milk”)?.
Trichomonas gallinae reproduces via binary fission.

Pathologic Effects and Clinical Disease. Lesions
consisting of caseous, necrotic nodules, plaques, or ulcers
are commonly reported in the upper digestive tract, e.g.
oropharynx, esophagus, and crop’. Based on the appear-
ance of the lesions, clinical trichomoniasis is often referred
to as “canker.” Affected birds are listless and reluctant to
eat. Acute mortality has been reported in pigeons.

Diagnosis. A diagnosis of 7. gallinae infection can be
made by identification of organisms on direct smear, or in
stained tissue sections. Experimental studies have demon-
strated that viable 7. gallinae can be obtained from dove
carcasses at least eight hours, and possibly up to 24 hours,
after the death of the host”’. Besides direct examination,
oropharynx and crop samples can be incubated in Dia-
mond’s medium until the 7" gallinae are numerous enough
to be easily found in aliquots examined under a micro-
scope. Commercially available kits (In-Pouch TF) for
1. gallinae culture are also available®.

Treatment. Oral treatment with 2-amino-5-nitroth-
iazole (Aminonitrothiazole) at 28 to 45 mg/kg daily for
seven days, or 0.16% in the drinking water for seven to 14
days, has been reported to be effective. Inghelbrecht and
co-workers® reported that dimetridazole (400 mg/L) for
three days in water was effective to suppress 7. gallinae
infection, while a two-day treatment with a dimetridazole
tablet (20 mg/tablet) was not effective in homing pigeons.
Likewise, McLoughlin®’ found dimetridazole useful at a
concentration of 0.05% in the drinking water for pigeons.
However, this drug is no longer available in the U.S.%
There have been reports of drug resistance among various
pigeon isolates*¥2. For example, 45% of pigeon strains
have demonstrated resistance to ronidazole, though in one
study, ronidazole at 100 to 150 mg/L water for five to

seven days was reported to be effective in pigeons.

Infected birds should be removed from the flock.
Prevention. The most effective control strategy for
1. gallinae is to eliminate the parasite in the adults and to
prevent spread to the offspring via the crop milk?.
Public Health Considerations. Trichomonas gallinae
does not infect humans.

Tritrichomonas eberthi

Morphology. Tritrichomonas eberthi (Syn. Trichomonas
eberthi) is carrot-shaped, measures 8 p to 14 p long by 4 p
to 7 p wide and has three anterior flagella and a prominent
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undulating membrane, which extends the full length of
the body. A posterior flagellum extends beyond the undu-
lating membrane, about half the body length beyond the
undulating membrane'.

Hosts and Life Cycle. Tritrichomonas eberthi has
been found in chickens, turkeys, and ducks"**. Reproduc-
tion is by longitudinal binary fission. There are no known
sexual stages and cysts are not formed!. Tritrichomonas
eberthi is directly transmitted from bird to bird through
fecal-oral contamination. Infection is primarily established

in the ceca®.

Pathologic Effects and Clinical Disease. 77itri-
chomonas eberthi is considered nonpathogenic. It is often
found in association with Zetratrichomonas gallinarum and
Chilomastix gallinarum®. Tritrichomonas eberthi does not
cause clinical disease.

Diagnosis, Treatment, and Prevention. Diagnosis
is through microscopic examination of fecal or cecal mate-
rial in wet mount. Treatment is not necessary because
1. eberthi is nonpathogenic. Good hygiene will reduce
transmission among birds.

Public Health Considerations.
eberthi does not infect humans.

Tritrichomonas

Trypanosoma avium

Morphology. Avian trypanosomes are pleomorphic and
usually measure 26 p to 69 p long. The kinetoplast is dis-
tant from the posterior end. They possess a free flagellum
and appear striated'.

Hosts. Trypanosomes have been reported in Galli-
formes, Anseriformes, and Passeriformes. Besides 7. avium,
1. calmettei has been reported in chickens in Southeast
Asia; 1 gallinarum has been reported in chickens in central
Africa; and 7. hannai has been reported in pigeons'. In
addition, 7. dafilae has been recovered from a pintail duck'
and from American crows*.

Life Cycle. Transmission is via blood-sucking insects
such as mosquitoes, simuliids, and hippoboscid flies®.
Desser“® reported Simulium rugglesi as a potential vector of
T avium.

Pathologic Effects and Clinical Disease. Most
species of avian trypanosomes are nonpathgenic'. Because
avian trypanosomes are considered nonpathogenic, clinical
disease has not been described’.

Diagnosis, Treatment, and Prevention. A diagnosis
can be made by identifying trypanosomes in stained, thin
blood smears. No treatment is necessary because there is
no clinical disease associated with avian trypanosomiasis.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Control of biting arthropods can reduce the transmission
of Trypanosoma species.

Public Health Considerations. Avian trypanosomes
are not zoonotic, and therefore are not considered a public
health concern.

Class Sarcodina

Endolimax gregariniformis

Endolimax gregariniformis trophozoites measure 4 pto 13 p
long. Cysts measure 7 p by 10 p. Endolimax gregariniformis
has been found in chickens, turkeys, guinea fowl, pheas-
ants, geese, ducks, and other wild birds, including herons
and owls. The life cycle is direct. Multiplication is via
binary fission'. Transmission is via ingestion of infectious
cysts. Endolimax gregariniformis is not pathogenic and is
not associated with clinical disease'. Fecal smears stained
with hematoxylin aid in diagnosis. Cysts can be detected
with a zinc sulfate flotation solution!. Treatment is not
warranted. Good hygiene and management can reduce
transmission among species. Endolimax gregariniformis is
not zoonotic.

Entamoeba anatis

Entamoeba anatis trophozoites measure 20 p to 30 p in
diameter. Red blood cells may be observed within the
trophozoites. Cysts are spherical and measure 13 p tol4 p
in diameter, and contain one to four nuclei'. Entamoeba
anatis has been reported in the large intestine of a duck’.
The life cycle is direct. Multiplication is via binary fission.
Prior to passing out in the feces, trophozoites round up,
become smaller, eliminate food vacuoles, and transform to
the environmentally resistant and infective cyst stage.
Transmission is via ingestion of cysts. No pathological
effects have been described in birds infected with E. anatis.
Thus, clinical disease has not been reported.

Fecal smears stained with hematoxylin will aid in
diagnosis. Cysts can be detected with a zinc sulfate flota-
tion solution!. Because infection is asymptomatic, treat-
ment is not warranted. Good hygiene and sanitation can
reduce transmission among species. Entamoeba anatis does
not infect humans.

Entamoeba gallinarum

Trophozoites of Entamoeba gallinarum measure 9 p to 25 p
long with most measuring 16 p to 18 p long. Cysts mea-
sure 12 p to 15 p long and contain eight nuclei'. Enta-
moeba gallinarum has been isolated from the ceca of
chickens, turkeys, guinea fowl, ducks, and geese'. The life
cycle is direct. Multiplication is via binary fission.
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Transmission is via ingestion of infective cysts. Entamoeba
gallinarum is considered nonpathogenic'. There have been
no reports of E. gallinarum causing clinical disease in avian
species. Fecal smears stained with hematoxylin aid in diag-
nosis, and zinc sulfate flotation concentrates cysts for
diagnosis. Treatment is not warranted. Good hygiene and
sanitation help to reduce transmission. Entamoeba galli-
narum does not infect humans.

Entamoeba struthionis

Entamoeba struthionis has been reported in ostriches
(Struthio camelus) and rheas (Rhea americana)®’. Tropho-
zoites measure 8 p to 35 p long. The nucleus measures 4 p
to 7 p in diameter. Cysts measure 8 p to 20 p in diameter,
but are usually 11 p to 16 p in diameter, and contain one
nucleus that is 2 p to 7 p in diameter?. Entamoeba
struthionis has a direct life cycle, with cysts serving as the
infective stage. These are directly transmitted by fecal-oral
contamination?’. Pathologic effects have not been
reported?”. Thus, infection with E. struthionis is not associ-
ated with clinical disease?’. Diagnosis is via identification
of E. struthionis on a wet mount. Because E. struthionis is
nonpathogenic, treatment is not warranted. Good sanita-
tion and hygiene reduce transmission between birds. Enza-
moeba struthionis does not infect humans.

Phylum Apicomplexa

The Phylum Apicomplexa is composed of a wide variety of
parasites, including the coccidian and malarial parasites,
the toxoplasmids, and the piroplasmasids.

Class Coccidia

Common enteric coccidial genera of birds include Eime-
ria, Isospora, and Cryptosporidium. These are monoxenous;
that is, they require only one host to complete their life
cycle. The most important enteric avian coccidia belong to
the genus Eimeria. It should be noted that oocysts of Eime-
ria sp. are commonly found on fecal flotation examina-
tions of asymptomatic birds. This alone does not warrant a
diagnosis of clinical coccidiosis. Clinical signs and/or
intestinal lesions must also be present. Speciation based
only on morphological characteristics is difficult. The loca-
tion of the lesions within the intestines will also aid in
speciation.

In general, Eimeria remain viable in the soil for at least
a year, but may be killed by subfreezing temperatures.
Oocysts are also destroyed by ultraviolet light, heat, and
desiccation. Younger birds should be raised separately from
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older birds which can serve as a source of infection. It
appears that live attenuated anti-coccidial vaccines have
been protective and can reduce the negative effects of coc-
cidiosis in chickens*,

Arthrocystis galli

Arthrocystis galli has been reported in the skeletal and
cardiac muscles of chickens. Meronts measure 1,400 p by
126 p'. No details are available on the morphology of
A. galli sporocysts. The definitive host of A. galli is
unknown. Likewise, specific details on the life cycle of
A. galli are lacking. Arthrocystis galli meronts appear to be
aligned end-to-end, taking on the appearance of bamboo
in the muscle tissue!. Some mortality was noted in a flock
of affected chickens. Arthrocystis galli can be diagnosed in
the chicken by histological examination. There is no effec-
tive treatment for this disease. Prevention is through elimi-
nation of carnivore feces, as described for Sarcocystis.
Human infections with A. ga/li have not been reported.

Atoxoplasma sp.

Atoxoplasma  (Syn. Lankesterella) species have been
reported in the mononuclear leukocytes (lymphocytes,
macrophages, and monocytes) of passerines. Specific
details on the morphology of Aroxoplasma are lacking.
However, merozoites, macrogametes, and microgamonts
are present in the epithelial cells of the intestines. Azoxo-
plasma species have been reported in passerines, including
the greenfinch (Carduelis chloris)* and canary.

Specific details on the life cycle of Aroxoplasma species
are lacking, but it is transmitted by blood-feeding mites
(i.e. Dermanyssus gallinae). Mortality has been noted in
infected nestlings. Affected birds may die suddenly.
Diagnosis is by identifying Atoxoplasma sporozoites in the
mononuclear leukocytes of peripheral blood smears, or on
cytological examination of the liver, spleen, or lung
impression smear. Specific treatment regimens for Azoxo-
plasma species are lacking. Mite control is an important
aspect of preventing transmission. Atoxoplasma species
occurring in birds have not been reported in humans.

Cryptosporidium meleagridis and
Cryptosporidium baileyi

Cryptosporidium meleagridis (Syn. C. anserinum, C. tyzzeri)
and C. baileyi have been reported in the intestines, respira-
tory tract, and kidneys of a variety of bird species. In a
recent review of Cryprosporidium in birds, Sreter and Varga
suggested that C. meleagridis may be closely related or
identical to C. parvum, a parasite of mammals®!. Further
studies are needed to clarify this issue.
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Morphology. Cryprosporidium meleagridis oocysts
measure 5.1 p long by 4.5 p wide, while those of C. baileyi
are larger and more ovoid, and measure 6.5 p long by 4.25 p
wide>2.

Hosts. Turkeys are the natural hosts of C. meleagridis.
In addition, C. meleagridis has been reported in chickens,
partridges, peafowl, pheasants, quail (Coturnix coturnix),
geese, Indian ring-necked parrots (Psittacula krameri), and
red-lored parrots (Amazona autumnalis)>*. Cryptosporid-
ium baileyi has been found in many bird species. Both
C. meleagridis and C. baileyi have been reported in cock-
atiels®. An unidentified Cryptosporidium has been isolated
in finches and a black duck>.

Life Cycle. Details on the life cycle of C. meleagridis
and C. baileyi are sparse. It is assumed that their life cycles
are direct, and similar to other members of the genus.

Pathologic Effects. Cryprosporidium meleagridis and
C. baileyi are usually nonpathogenic. However, Trampel
and co-workers reported developing stages in the epithelial
cells lining the renal collecting tubules and ureters such
that lymphoplasmacytic infiltrates in the ureters and hyper-
plasia of parasitized epithelial cells partially obstructed the
ureters”. The bursa was affected in pheasants®.

Clinical Disease. Cryptosporidium meleagridis and
C. baileyi have been associated with diarrhea or respiratory
disease. In addition, visceral gout may be exacerbated by
urinary cryptosporidiosis®®. Birds affected with C. baileyi
shed two to three times more oocysts than those infected
with C. meleagridis”.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of organisms, along with clinical signs
and lesions. A semi-quantitative microscopic slide flota-
tion method using modified Sheather’s sugar solution is a
rapid, specific, and sensitive low-cost test’®. Although not
registered for use in birds, paromomycin reduced oocyst
shedding by 67% to 82%. Proper sanitation and good
management practices can reduce re-infection in the flock.
A 50% bleach solution to disinfect premises has been rec-
ommended to prevent future outbreaks.

Public Health Considerations. Cryptosporidium
bailey does not infect humans, while C. meleagridis has
been reported from immune-suppressed people. Person-
nel working with birds infected with C. meleagridis
should use personal protective equipment and prac-
tice hygienic techniques. Immune-suppressed people
should not work with or around birds infected with
C. meleagridis.
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Cryptosporidium spp.

Unidentified Cryptosporidium species have been reported
in cockatiels, white-lored euphonias, bronze mannikin
finches, and Australian diamond fire tailed finches®.
Infections in cockatiels occurred mostly in the small intes-
tine, although Cryprosporidium has been noted in the
esophageal glands, air sacs, and proventriculus®. In the
white-lored euphonias, infection was documented in
either the small intestine or the proventriculus®. Cryp-
tosporidium was documented in the proventriculus of
bronze mannikin finches and Australian diamond fire
tailed finches®®. Tsai and co-workers reported Cryp-
tosporidium in the small intestine of Amazon parrots
(Amazona aestiva aestiva), African grey parrots (Psittacus
erithacus), and budgerigars (Melopsittacus undulatus)®.
Moreover, Cryptosporidium was reported in the bulbar and
palpebral conjunctiva of a lovebird (Agapornis roseicollis)*.

Eimeria acervulina

Morphology. Eimeria acervulina oocysts are ovoid and
measure 12 p to 23 p by 9 p to 17 p. The oocyst has a
smooth two-layered wall and no micropyle!. Oocysts
sporulate within one day.

Hosts and Life Cycle. Chickens are the hosts of
Eimeria acervulina. The life cycle is typical of the genus.
The prepatent period is four days and the patent period
lasts for several days.

Pathologic Effects. Eimeria acervulina is found in the
anterior small intestine of the chicken (Figure 10.3). Eimeria
acervulina occasionally causes inflammation of the anterior
small intestine but is usually nonpathogenic. Inoculation of a
large dose (more than 1 million oocysts) causes intestinal wall
thickening and catarrhal enteritis. White or gray spots or
streaks are observed on the intestinal mucosa’.

Clinical Disease. Clinical signs are only observed fol-
lowing exposure to massive numbers of sporulated oocysts.
Unlike other Eimeria species, bloody diarrhea is rarely
observed, even in severe infections.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are as described for
E. tenella.

Eimeria dispersa
Morphology. Eimeria dispersa oocysts measure 22 pto 31 p
by 18 p to 24 p, with an average of 26 p by 21 p.

Hosts and Life Cycle. Eimeria dispersa infects the
upper intestinal tract of turkeys, bobwhite quail, ring-
necked pheasants, chukar partridges, ruffed grouse and
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Fig. 10.3  Eimeria species commonly found in the chicken and their preferred locations within the intestinal tract. (A) E. tenella. (B) E. necatrix.
(C) E. brunerti. (D) E. acervulina. (E) E. maxima. (F) E. mitis. Reproduced from Levine, N.D. (1961) with permission.

sharp-tailed grouse'. The life cycle is direct, and typical of
the genus. The prepatent period is approximately five to
six days!.

Pathologic Effects and Clinical Disease. Eimeria
dispersa is only mildly pathogenic. Affected birds have
markedly dilated and edematous intestines that contain a
cream-colored mucoid exudate. Clinical disease is usually
not observed.

Diagnosis. Diagnosis is as described for E. zenella.

Treatment. Because Eimeria dispersa is generally non-
pathogenic, treatment is often not needed. However,
diclazuril (0.5, 1, or 2 ppm in the feed) was effective in sup-
pressing lesions, abnormal droppings, and oocyst shedding®".
Likewise, maduramicin ammonium (5 to 7 ppm in the feed)
was effective and reduced oocyst shedding®®. Watkins and
co-workers reported that 60 ppm of monensin was effec-
tive®®. Others have reported that feeding halofugione
(3 mg/kg) and monensin (60 mg/kg or 100 mg/kg)
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were most effective while amprolium (125 mg/kg), zoa-
lene (125 mg/kg), and sulfadimethoxine plus ormetoprim
(62.5 mg/kg and 37.5 mg/kg, respectively) were least effec-
tive in reducing the severity of the intestinal lesions®.

While all coccidiostats tested reduced oocyst passage,
halofugione produced the fewest oocysts®’. For quail,
monensin (90 g/ton of feed) has been effective®. For
pheasants, amprolium (9.6% solution) in the drinking
water (1 ml/liter water for three to five days or 0.0175% in
the feed) was effective. Salinomycin was also effective for
bobwhite quail and pheasants®.

Prevention and Public Health Considerations.
These aspects are as described for E. tenella.

Eimeria maxima

Eimeria maxima commonly affects the small intestine, pri-
marily the jejunum, of chickens (Figure 10.3). Eimeria
maxima oocysts measure 21 p to 42 p by 16 p to 30 p, with
an average of 29 p to 31 p by 21 p to 23 p. The life cycle is
typical of the genus. The prepatent period is five to six days
and the patent period is a few days'.

The pathologic effects of E. maxima depend on the
strain involved. Generally, there are hemorrhages in the
wall of the small intestine. The intestinal wall may become
thickened, dilated, and lose its tone. Catarrhal enteritis has
also been reported and intestinal contents range from
brown to orange, although blood within the intestines is
uncommon'. Affected birds appear depressed and can have
gray to orange mucoid diarrhea. Diagnosis, treatment, pre-
vention, and public health considerations are as described
for E. tenella.

Eimeria tenella

Morphology. Oocysts of Eimeria tenella are oval-shaped,
and measures 14 p to 31 p long by 9 p to 25 p wide. The
oocyst has a smooth wall and lacks a micropyle (Figure
10.4)>%. Oocysts sporulate within a few days and subse-
quently contain four sporocysts, each with two sporozoites.

Hosts and Life Cycle. Chickens are the hosts of
Eimeria tenella. The life cycle is direct, and is described in
Chapter 2, Biology of the Protozoa. The prepatent period
is seven days®.

Pathologic Effects. Eimeria tenella is the most patho-
genic coccidian of chickens®. It is the causative agent of a clas-
sical coccidiosis reported in chickens, which occurs primarily
in the cecum (Figure 10.3). Early lesions include hemor-
rhagic cecal mucosae which subsequently become fibri-
nonecrotic. The cecal wall becomes thickened and the lumen
fills with blood (Figure 10.5). Finally, cecal cores often form.
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Fig. 10.4 Sporulated oocysts of Eimeria tenella. Reproduced from
Chandler, A.C. and Read, PR. (1961) with permission.

Fig. 10.5 Comparison of normal ceca (left) with diseased ceca (right)
due to Eimeria tenella. Courtesy of W.M. Reid, University of Georgia.

Clinical Disease. Depending on the age and infec-
tious dose, birds may have an unapparent infection, or
demonstrate severe clinical signs. Affected chickens are
listless, anorexic, have bloody diarrhea, and may die. Mor-
tality may vary from 32% to 90%. Young chickens around
four weeks of age are most susceptible, whereas older birds
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are more resistant. Resistance is most likely related to par-
tial immunity resulting from previous exposure.

Diagnosis. A definitive diagnosis is made by demon-
stration of fecal oocysts, characteristic histologic lesions,
and clinical signs. A two-step polymerase chain reaction
can differentiate the eight species of Eimeria in chickens®.

Treatment. Several treatment regimens have been
described for avian coccidiosis. These include conventional
treatments such as lasalocid (75 mg/kg) in the feed, or
toltrazuril in the drinking water (7 mg/kg BW for two con-
secutive days between days 10 and 14 of placement)®®.
Toltrazuril can also be used for supplemental control with
in-feed anticoccidials, or as a primary anticoccidial with
nonmedicated feed®®. Effective alternative treatments have
included oregano essential oil (300 mg/kg)®® and sugar
cane extract’’. Shuttle treatments (starter to grower) have
also proven effective’!.

Coccidiosis can also be affected by dietary modifica-
tions. Dietary n-3 fatty acids, such as those found in men-
haden oil or flaxseed oil, can induce oxidative stress and
can inhibit coccidial development’?. By these and other
mechanisms, artemisinin from Artemisia annua, tumeric,
and betaine (from sugar beets) have reduced the effects of
coccidiosis’.

Prevention. Coccidial infection is self-limiting.
However, re-infection with less severe manifestations is
common if proper sanitation and management are not
practiced. Live vaccines can reduce clinical disease”.

Public Health Considerations. Avian coccidia are
not infective to humans.

Eimeria spp.

Several additional Eimeria species have been reported in
quail and pheasants. Eimeria coturnicis, E. bateri, E. taldy-
kurganica, E. tsunodai, and E. uzura has been reported in
Coturnix or Japanese quail (Coturnix japonica). Eimeria
colini, E. dispersa, and E. lettyae has been reported in bob-
white quail (Colinus virginianus). Eimeria phasianus has
been reported in pheasants. Most of these Eimeria species
are nonpathogenic, except Eimeria tsunodai, which causes
hemorrhagic typhlitis and reduced growth and weight
gains in Coturnix quail*®. Domestic birds are likewise sus-
ceptible to many species of coccidia of the genus Eimeria.
While some of these are pathogenic, many are not. The
species found in these birds are summarized in the tables at
the end of the chapter. Where treatment is warranted,
treatments used to eliminate E. fenella are likely to also be
effective against other Eimeria species.
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Isospora spp.

Additional fsospora sp. have been reported in the intestines
of a variety of bird species. Species isolated include Zsospora
lacazei, I. gryphoni., 1. serini, and I. canaria.

Morphology. For Iospora gryphoni, oocysts measure
25 p to 33 p by 28 p to 34 p, with an average of 29.2 p by
30.7 p. Lsospora serini have spheroid oocysts which have an
average measurement of 19.2 p by 20.1 p’4. Isospora canaria
have elliptical oocysts that measure 21.8 p by 24.6 p74.

Hosts. [sospora lacazei was reported in a domestic
sparrow’>. [sospora gryphoni has been recovered from an
American goldfinch’. Lospora serini and Lospora canaria
have been reported in canaries’ .

Life Cycle. Specific details on the life cycle of these
Lsospora species are lacking. However, colonization of
mononuclear leukocytes is evident in birds infected
with . serini, while I. canaria colonizes the intestinal
epithelium.

Pathologic Effects and Clinical Disease. Specific
details on these aspects are lacking.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of fsospora oocysts in the feces. In the case
of I serini, a diagnosis is made by identifying the asexual
stages in the mononuclear leukocytes of a peripheral blood
smear. Specific treatment regimens are lacking. Proper
sanitation and good management practices can reduce
exposure in the flock.

Public Health Considerations. Avian fsospora do not
infect humans.

Sarcocystis falcatula

Sarcocystis falcatula schizonts measured 24 p by 6.8 p and
contained 24 to 96 merozoites, and are found in the pul-
monary air passages and capillaries’’. Several avian species,
such as canaries, are intermediate hosts for S. falcatula.
Specific details on the life cycle of S. falcatula are lacking.
The Virginia opossum (Didelphis virginiana) is the defini-
tive host. In birds, infection leads to pulmonary edema,
interstitial pneumonitis, and hepatitis’®”?. Affected birds
often die prior to exhibiting clinical signs. Some birds can
exhibit respiratory distress.

Sarcocystis falcatula can be diagnosed by histological
examination. However, because there are no clinical signs
associated with this disease, the parasite is often an inciden-
tal finding at necropsy. There is no effective treatment for
this disease. Infection can be prevented by eliminating
sources of opossum feces. Sarcocystis falcatula does not infect
humans.



230

Sarcocystis horvathi

Sarcocystis horvathi (Syn. Sarcocystis gallinarum) cysts have
been found in the muscles of the chicken intermediate
host. Definitive hosts include dogs and cats'. The sporo-
cysts found in dog feces measure 10 pto 13 pby 7 pto 9 p.

The genus Sarcocystis is considered heteroxenous; one
host (usually a predator species) is required for the sexual
stages and another host (prey species) is required for the
asexual stages'. The life cycle is perpetuated when the inter-
mediate host ingests the sporocysts shed by the definitive
host. In the definitive host, the prepatent period is six to 10
days and the patent period in the dog is 21 to 23 days'. The
asexual stages can be found in the striated muscle of the
chicken, where they may cause severe myositis. Sarcocysto-
sis can be diagnosed in the intermediate host by histological
examination. However, because clinical signs are rare in
birds, this disease is often diagnosed post-mortem.

There has been little success in treating sarcocystosis in
intermediate hosts. Infection can be prevented by prevent-
ing birds from ingesting contaminated feces from definitive
hosts. Sarcocystis horvathi does not infect humans.

Sarcocystis rileyi

Sarcocystis rileyi (Syn. Balbiania rileyi, Sarcocystis anatina)
has been found in the muscles of the duck intermediate
host. The sporocysts recovered from skunks measured 10 p
to 14 p by 5 pto 10 p'. Sarcocystis rileyi is common in dab-
bling ducks, but is also found in diving ducks and domes-
tic ducks. Definitive hosts include striped skunks,
opossums, dogs, and cats.

The life cycle is similar to those of other members of
the genus. Sarcocysts may be observed microscopically in
skeletal muscles 85 days post-infection, and can be seen
macroscopically 154 days post-infection, when they
measure 2 mm to 8 mm long by 1 mm wide'. Individual
sarcocysts can reach several centimeters in length®. The
sarcocysts in the duck muscle are not pathogenic. Therefore,
clinical disease is not noted in the duck.

Sarcocystis rileyi can be diagnosed in the duck by a his-
tological examination. However, because there are no clin-
ical signs associated with this disease, a diagnosis is often
made at necropsy. There is no effective treatment for this
disease. Infection may be prevented by eliminating sources
of feces excreted by definitive hosts. Sarcocystis rileyi does
not infect humans.

Sarcocystis spp.
Unidentified Sarcocystis species have been recovered from
the breast and thigh muscles of African grey parrots
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(Psittacus erithacus), Amazon parrots (Amazona aestiva aes-
tiva), and budgerigars (Melopsittacus undulatus)®.

Toxoplasma gondii

Toxoplasma gondii infects nearly all mammalian and many
avian species. Susceptible bird species include chickens,
pigeons, and canaries. The budgerigar is resistant to
1. gondii infection®'. The biology of 7. gondii in the defini-
tive host is discussed in Chapter 18, Parasites of Cats.

Avian intermediate hosts become infected by ingest-
ing sporulated oocysts or contaminated tissues. Following
ingestion, 7. gondii disseminates via the blood and lymph
to cause generalized infection and bradyzoite cyst forma-
tion. Commonly affected tissues include the spleen, lungs,
liver, heart, and brain. Toxoplasma gondii is not pathogenic
for chickens, but infected canaries develop nonsuppurative
chorioretinitis, blindness, and torticollis®*%3. Dubey and
co-workers found that 16.9% of backyard chickens had
antibodies to 7. gondii, and viable 7. gondii were recovered
from 55% of seropositive chickens®.

Diagnosis is by immunostaining of affected tissues, or
by inoculation of experimental animals. There is no effec-
tive treatment for toxoplasmosis of birds. In canaries,
trimethoprim (0.08 g/ml water) and sulfadiazine (0.04 g/ml
water) for two weeks followed by a second treatment regi-
men given for three weeks was effective in relieving clinical
signs®2. To prevent infection in birds, food stocks must be
protected from contamination with cat feces. Toxoplasma
gondii is a common zoonosis. However, people working
with infected birds would have to consume bird tissues to
become infected.

Tyzzeria parvula
Tyzzeria parvula (Syn. Eimeria anseris, E. parvula, 1. anseris)
has been reported in the small intestines of geese. Tjzzeria
anseris oocysts measure 10 p to 16 p by 9 p to 14 p. The
sporozoites are banana-shaped. 7yzzeria parvula has been
reported in domestic geese, white-fronted geese, snow
geese (Chen caerulescens), Ross’ geese (Chen rossiz), Brant
(Adlantic) geese (Branta bernicla), Canada geese (Branta
canadensis), and possibly the whistling swan'.

There is a lack of information on the life cycle of
1. parvula. However, its prepatent period is four days!.
Tjzzeria parvula is not pathogenic; therefore, clinical dis-
ease has not been observed. A definitive diagnosis can be
made by identification of 7. parvula in the feces. Treatment
is not warranted. Proper sanitation and good management
practices can reduce re-infection in the flock. 7jzzeria
parvula does not infect humans.
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Tyzzeria perniciosa

Tjzzeria perniciosa has been reported in the small intestines
of ducks. Tyzzeria perniciosa oocysts measure 10 p to 13 p
by 9 p to 11 p. Tjzzeria perniciosa has been reported in
domestic ducks, pintails, lesser scaups (Aythya affinis) and
another diving duck (Aythya erythropus).

The prepatent period is five days. Tyzzeria perniciosa is
highly pathogenic. A common histopathologic finding is
hemorrhagic enteritis. The intestinal wall is often thick-
ened and white spots can be observed on the serosal sur-
face. The intestinal lumen is filled with blood and can
contain a yellowish exudate. The intestinal lumen is often
sloughed in long strips. Tyzzeria perniciosa is especially
pathogenic for young ducklings. Affected ducks stop eat-
ing, lose weight, become lethargic, and continuously emit
vocalizations.

Diagnosis is by identification of 7. perniciosa along
with clinical signs and lesions. Specific treatment regimens
for 1. perniciosa are lacking. Proper sanitation and good
management practices can reduce re-infection in the flock.
Tyzzeria perniciosa does not infect humans.

Wenyonella anatis

Wenyonella anatis is found in the intestinal tract of ducks.
Oocysts measure 11 pto 17 p by 7 p to 10 p. There is a
lack of information on the life cycle of W anatis.
Wenyonella anatis is not pathogenic. Thus, clinical disease
does not occur. Diagnosis is by identifying W, anatis in the
feces. Treatment is not warranted. Proper sanitation and
good management practices can reduce re-infection in the
flock. Weyonella anatis does not infect humans.

Wenyonella columbae

Wenyonella columbae occurs in the small intestine of the
pigeon. Wenyonella columbae oocysts measure 21 p to 27 p
by 21 p to 26 p. Specific details on the life cycle of
Wenyonella columbae are lacking. Wenyonella columbae is
not pathogenic. Thus, clinical signs are not observed.
Diagnosis is made by identifying W columbae in the feces.
Treatment is not warranted. Proper sanitation and good
management practices can reduce re-infection in the flock.
Wenyonella columbae does not infect humans.

Wenyonella gallinae

Wenyonella gallinae has been reported in the lower intes-
tine of chickens. Wenyonella gallinae oocysts measure 29 p
to 34 p by 20 p to 23 p. Specific details on the life cycle of
W, gallinae are lacking. The intestines of infected birds are
thickened and congested. Pinpoint hemorrhages are noted
in the mucosa. Affected birds have greenish diarrhea.
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Diagnosis is through identification of W gallinae in the
feces, along with clinical disease and lesions. Specific
treatment regimens for W gallinae are lacking. Proper
sanitation and good management practices can reduce re-
infection of the flock. Wenyonella gallinae does not infect
humans.

Class Piroplasmidia

Babesia moshkovskii

Babesia moshkovskii (Syn. Sogdianella moshkovskii, Babesia
ardeae, Nuttallia shortti, Aegyptianella moshkovskii) has
been found in erythrocytes of chickens, turkeys, pheasants,
and other wild birds'. The form in chickens measures 0.2 p
by 2.5 p, while the form found in turkeys measures 0.5 p
by 2 p'. Details on the life cycle of B. moshkovskii are lack-
ing. Ticks have been reported to serve as vectors of Babesia.
Babesia moshkovskii is not pathogenic. Thus, clinical dis-
ease has not been reported. Diagnosis is via identification
of B. moshkovskii on stained blood smears. Treatment is
not warranted. The elimination and control of ticks will
aid in the prevention of B. moshkovskii infection. Babesia
moshkovskii does not infect humans.

Class Haemosporidia

Haemoproteus columbae

Haemoproteus columbae is a haemosporidian found in the
pigeon and other Columbiformes. Mature macrogametes
and microgamonts are elongated and banana-shaped'.
Birds become infected when they are bitten by the hippo-
boscid fly (Pseudolynchia canariensis)'. Merogony occurs in
the endothelial cells of the blood vessels of the lungs, liver,
and spleen. Merozoites undergo gametogony in erythro-
cytes. Oocyst formation occurs in the hippoboscid vector.
Sporozoites migrate to the salivary gland, where they can
be injected into a new host'.

Haemoproteus columbae is not pathogenic. Thus, clini-
cal disease is not observed. Diagnosis is by finding organ-
isms in stained blood smears. Treatment is generally not
warranted. However, in one study, dexamethasone lowered
the level of parasitemia, the packed cell volume and the
heterophil:lymphocyte ratio®®. In addition, buparvaquone
was effective, while diminazene aceturate was ineffective
and triquine was toxic®. Prevention of Haemoproteus
infections is accomplished through control of insect vec-
tors. Haemoproteus columbae does not infect humans.

Haemoproteus spp.

Additional species of Haemoproteus infecting birds include

Haemoproteus  coatneyi in  white-crowned sparrows®’;



232

H. handai in lesser sulphur-crested cockatoos®’; H.
lophortyx in bobwhite quail®; H. meleagridis in turkeys®;
H. nettionis (Syn. Parahaemoproteus nettionis, Haemopro-
teus anatis, H. hermani, H. anseris, Halteridium nettionis)
in waterfowl such as ducks, geese, and swans'; H. picae and
H. danilewskii in American crows*’; and H. sacharovi in
Columbiformes such as doves and pigeons'. Most of these
species are nonpathogenic in their avian hosts. Diagnosis is
accomplished through microscopic examination of stained
blood smears.

Leucocytozoon caulleryi

Morphology. Gamonts of Leucocytozoon caulleryi (Syn.
L. schueffneri, Akiba caulleryi) are round and measure 15.5 p
by 15 p in diameter.

Hosts and Life Cycle. Leucocytozoon caulleryi has
been reported in chickens, guinea fowl, and pheasants.
Mosquitoes become infected with L. caulleryi during
ingestion of a blood meal. Gametogony occurs in the
arthropod host. Following transmission of sporozoites to a
susceptible bird, schizogony occurs in the kidney, liver,
lungs, heart, spleen, pancreas, thymus, muscles, intestines,
trachea, ovaries, adrenals, and brain!.

Pathologic Effects. Pathogenicity varies with parasite
strain. Mortality can be high. Pathologic changes include
hemorrhages in the lung, liver, and kidneys, due to lysis of
infected cells. Schizonts of L. caulleryi have been reported
in the ovary and oviducts of chickens, and were associated
with granulomatous and lymphocytic inflammation,
edema, and pressure atrophy associated with these
schizonts”.

Clinical Disease. Affected chickens are anemic,
lethargic, and have pale combs and diarrhea. Reduced egg
production and soft-shelled eggs have been reported in
chickens®. Chickens appear to be resistant to re-infection
with L. caullery?'.

Diagnosis, Treatment, and Prevention. Leucocyto-
zoon can be diagnosed on a stained blood smear. Specific
treatment regimens for L. caulleryi are lacking. Control of
Culicoides effectively prevents infection. A recombinant
protein used as an antigen in an oil-in-water vaccine has
been documented to be effective®?.

Public Health Considerations.
caulleryi does not infect humans.

Leucocytozoon

Leucocytozoon spp.

Additional species of Leucocytozoon infecting birds include
L. andrewsi (Syn. L. schoutedeni) in chickens and pheas-
ants; L. lovati (Syn. L. bonasae, L. jakamowi, L. mansoni) in
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grouse; L. marchouxi (Syn. L. turtur) in Columbiformes
such as the turtle dove and mourning dove; L. naevei (Syn.
L. costai, L. numidae) in guinea fowl; L. sabrazesi (Syn. L.
Sfrancolini, L. kerandeli, L. martini, L. macleani, L. mesnili,
L. schuffneri) in chickens, pheasants, and jungle fowl; L.
simondi (Syn. L. anatis, L. anseris) in ducks and geese; and
L. smithi in turkeys"3-%. Several of these species are path-
ogenic in their avian hosts. Diagnosis is accomplished
through microscopic examination of stained blood smears.

Plasmodium cathemerium

Morphology. Gamonts and meronts of Plasmodium cathe-
merium (Syn. Haemamoeba cathemerium) are round. The
meronts produce six to 24 merozoites'.

Hosts and Life Cycle. Passerines are the natural hosts
of P cathemerium. The life cycle is described in Chapter 2,
Biology of the Protozoa. Briefly, sporozoites enter the
blood through a mosquito bite and penetrate hepatic
parenchymal cells, where they undergo schizogony. Later,
gametogony occurs in erythrocytes. Mosquitoes are
infected while taking a blood meal. Oocysts form in the
mosquito midgut. Sporozoites migrate to the mosquito
salivary glands. Mosquito genera which can serve as hosts
include Culex, Aedes, Anopheles, and Culiseta’.

Pathologic Effects and Clinical Disease. Plasmod-
ium cathemerium is highly pathogenic for canaries. Capil-
lary abnormalities include endothelial degeneration and
penetration of the endothelial cells by the parasites, with
subsequent necrosis’’. The skeletal muscle can also be a
target tissue for P cathemerium. Affected canaries have
subcutaneous hemorrhages, anemia, splenomegaly, and
hepatomegaly.

Diagnosis, Treatment, and Prevention. Plasmodium
cathemerium is diagnosed by finding and identifying it on
blood smears that are stained with a Romanowsky stain
such as Giemsa. Treatment with chloroquine or pyri-
methamine has been successful in some birds. Reinfection
often occurs.
through vector control.

Public Health Considerations. Plasmodium cathe-

merium is not zoonotic.

Control of P cathemerium is achieved

Plasmodium circumflexum

Plasmodium circumflexum (Giovannolaia circumflexum) has
been found in birds in temperate zones'. The type host of
P circumflexum is the German thrush (Zurdus pilaris).
Other susceptible species include ruffed grouse, wood-
cocks, Canada geese, and ducks'. The gamonts and tropho-
zoites are elongated. The life cycle of P circumflexum is
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similar to those of other species in the genus. Vector mos-
quitoes include Culex tarsalis, Culiseta annulata, Culiseta
melaneura, Culiseta morsitans, and Mansonia crassipes'®.
Clinical disease has not been reported with this parasite.

Diagnosis is by identifying blood smears stained with
a Romanowsky stain, such as Giemsa. Treatment with
chloroquine or pyrimethamine is sometimes successful.
Re-infection often occurs. Infection with 2 circumflexum
can be prevented with the use of mosquito (vector) control
strategies. Plasmodium  circumflexum does not infect
humans

Plasmodium spp.

Several other species of Plasmodium have been found in
birds. These include Plasmodium durae (Giovannolaia
durae) in turkeys; P fallax in guinea fowl; P gallinaceum
(Syn. Haemamoeba gallinaceum) in jungle fowl and other
gallinaceous birds; P hermani (Syn. Huffia hermani) in
turkeys and bobwhite quail; 2 juxtanucleare (Syn. P japon-
icum, Novyella juxtanucleare) in chickens and other gallina-
ceous birds; P matutinum (Syn. Haemamoeba matutinum,
P relictum matutinum) in wild bird species; and P, relictum
(Syn. Haemamoeba relictum, P praecox) in pigeons, doves,
ducks, passerines, and others!?*1%. Most of these species
are nonpathogenic in their avian hosts. Diagnosis and
treatment are as described for P cathemerium.

TREMATODES

Collyriclum faba
Collyriclum faba has been reported in the skin and sub-

cutaneous tissues of Galliformes and Passeriformes!?-1%2,
Collyriclum faba belongs to the Troglotrematid family of
flukes. Specific details on the morphology and life cycle
of C. faba are lacking. Infection is usually unapparent,
though some birds may become anemic and emaciated.
Diagnosis is by identifying adult flukes in the subcuta-
tissues. No effective treatment is
Control of the intermediate hosts prevents the transmis-
sion of C. faba. Collyriclum faba is not known to infect
humans.

neous available.

Echinoparyphium recurvatum

Echinoparyphium recurvatum has been reported in the
small intestines of chickens, turkeys, ducks, pigeons, and
other birds. It belongs to the Echinostomatid family of
flukes. Snails serve as first intermediate hosts, while other
snails, and frogs serve as second intermediate hosts.
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Chickens become infected through the ingestion of second
intermediate hosts'®. Infection may result in emaciation,
anemia, and weakness. Enteritis is a common post-
mortem finding. Affected birds are lethargic and have
diarrhea.

A diagnosis is made by identifying the eggs in the
feces or the flukes within the intestines. No effective treat-
ment is available. Control of the intermediate host pre-
vents disease transmission. Morley and co-workers
reported that parasite viability was associated with survival
of the host snail'®. Tributyltin, copper, or irgarol 1051
may be used to control snail populations. Echinopary-
phium recurvatum has also been reported from dogs, cats,
rats, and primates, including humans. However, there is
no danger of direct transmission of infection from birds to
humans.

Hypoderaeum conoideum

Hypoderaeum conoideum has been reported in the small
intestine of chickens and other birds. It belongs to the
Echinostomatid family of flukes. Specific details on the life
cycle of H. conoideum are unknown. However, ingestion of
an infected mollusk, i.e., a snail, is an essential part of
the transmission cycle. Munoz-Antoli and co-workers
reported that the freshwater snail, Lymnaea peregra, serves
as the natural first intermediate host!®. Other freshwater
snails, Physella acuta and Gyraulus chinensis, can serve as
second intermediate hosts. The pathologic effects and clin-
ical signs of H. conoideum infection in chickens and other
avian species remain unknown.

A diagnosis is made by identifying the H. conoideum
eggs in the feces or the adults in the small intestines. No
effective treatment is available. The control of the inter-
mediate host can help to interrupt the transmission cycle.
Hypoderaeum conoideum has not been reported in
humans.

Prosthogonimus spp.

Morphology. Adult Prosthogonimus are 6 mm to 8 mm
long and 5 mm to 6 mm wide, and have spiny cuticles
(Figure 10.6). The Prosthogonimus eggs, which measure 26 p
to 32 pm by 10 p to 15 pm, have an operculum on one
end and a small spine on the other end.

Hosts. Prosthogonimus species have been found in the
bursa of Fabricius and oviduct of chickens and other
birds'®!. Parasite species identified include P macrorchis
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| mm
Fig. 10.6 Adult Prosthogonimus macrorchis. Courtesy of Marietta
Voge, University of California.

(U.S.), P pellucidus (Europe), P ovatus (Europe, Asia,
Africa), and P longus-morbificans (Europe).

Life Cycle. Adult flukes shed their eggs in the feces.
Two intermediate hosts, a snail and dragonfly, are needed
to perpetuate the life cycle. Infection occurs via ingestion
of an infected insect. Metacercariae are released in the
small intestines and subsequently migrate to the cloaca.
Finally, they migrate to the bursa of Fabricius or to the
oviduct, where maturation occurs'®.

Pathologic Effects and Clinical Disease. Pathologic
changes include inflammation of the oviduct and associ-
ated coelomitis. Leok and co-workers reported degenera-
tion and exfoliation of the mucosal epithelium in the
bursa!?”. Affected birds are inappetant and have reduced
weight gains, decreased egg production, and malformed
eges'OL.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of fluke eggs in the feces or flukes in the
oviduct!®!. There is no effective treatment. Elimination of
the intermediate hosts prevents infection.

Public Health Considerations. Prosthogonimus do

not infect humans.

FLYNN’S PARASITES OF LABORATORY ANIMALS

CESTODES
Cyclophyllidea
Amoebotaenia cuneata

Amoebotaenia cuneata measures 4 mm long. The anterior
end is triangular in shape due to the pointed scolex. The
rostellum is armed with a single row of 12 to 14 distinctive
hooks that are 25 p to 32 p long!'%®. Amocbotaenia cuneata
has been recovered from the small intestine of chickens
and other avian species'®!. Gravid proglottids passed in the
feces are ingested by an earthworm intermediate host.
Earthworm species that have served as intermediate hosts
include the genus Allotophora, Pheritima, Ocnerodrilus,
and Lumbricus'*®. Amoebotaenia cuneata is not pathologic.
Thus, clinical disease is not observed.

Diagnosis is by identifying gravid proglottids in feces
or adult worms in the intestines, where they appear as
white projections among the duodenal villi. Treatment is
generally not warranted. Control of the intermediate host
helps prevent completion of the transmission cycle. Amoe-
botaenia cuneata does not infect humans.

Choanotaenia infundibulum

Morphology. Adult Choanotaenia infundibulum measure
up to 23 cm long, and possess an armed rostellum bearing
a single row of 16 to 22 hooks that are 25 p to 30 p long
each. The eggs of C. infundibulum have elongated fila-
ments and embryonal hooks that measure 18 p long!%.
Hosts and Life Cycle. Choanotaenia infundibulum
has been reported in the small intestine of chickens and
other birds'"!%, Gravid proglottids are passed in the feces
and are ingested by intermediate hosts, including horse-
flies, houseflies, grasshoppers, termites, and beetles'%1%%.
Pathologic Effects and Clinical Disease. Choanotae-
nia infundibulum is nonpathogenic unless present in high
numbers. It is usually not associated with clinical disease.
Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying gravid proglottids in the feces or adult
worms in the intestine. Dibutyltin dilaurate has been used
effectively for treatment for C. infundibulum infections'®s.
Control of the intermediate host disrupts completion of
the transmission cycle.
Public Health Considerations. Choanotaenia infun-
dibulum does not infect humans.

Davainea proglottina

Morphology. Adult Davainea proglottina (Syn. Taenia
proglotting) measure up to 4 mm long and have no more
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than nine proglottids. The rostellum is armed with three to
six rows of hooks'’! (Figure 10.7).

Hosts. Davainea proglottina has been reported in the
duodenum of chickens, pigeons, and other birds'"!11,

Life Cycle. Gravid segments contain D. proglottina
eggs, which hatch when ingested by a snail or slug. Devel-
opment of the infective larval stage in the intermediate
host occurs in three to four weeks. Birds become infected
upon ingestion of the intermediate host. Maturation
requires about two weeks. More than 1,500 cysticercoids
may develop in the slug intestinal tract and can remain

Fig. 10.7 A diagram of an adult Davainea proglottina. Reproduced
from Lapage, G. (1962) with permission.
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infective for up to 11 months'*®. Davainea proglottina have
been documented to live as long as three years'%®.

Pathologic Effects. Davainea proglottina is highly
pathogenic. Up to 4,000 tapeworms have been reported in
a single infection'!!. Hemorrhagic enteritis occurs due to
the attachment of adult tapeworms on the duodenal
mucosa, which results in inflammation, hemorrhage, and
mucosal thickening.

Clinical Disease. Affected birds have diarrhea,
lethargy, and ruffled feathers. Levine reported a 12%
reduction in weight in affected birds!!2.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the gravid proglottids in the feces or the
adult tapeworms in intestinal scrapings'®'. The tapeworm
may be eliminated with Butynorate (dibutyltin dilaurate),
which is approved for treatment of D. proglottina. Control
of the intermediate host prevents transmission.

Public Health Considerations. Davainea proglottina
is not zoonotic.

Fimbriaria fasciolaris

Fimbriaria fasciolaris adult worms measure 5 cm to 43 cm
long by 1 mm to 5 mm wide. Adult worms have a distinc-
tive flaring anterior neck region (pseudoscolex) and unseg-
mented strobila. The rostellum is armed with 10 to 12
hooks measuring 17 p to 27 pm in length'®®. Fimbriaria
fasciolaris has been reported in the small intestine of anser-
iformes and chickens'®"!!!. Tapeworm cysticercoids of
E fasciolaris develop in a copepod crustacean (Diaptomus
sp. or Cyclops sp.). Birds subsequently become infected
when they drink water containing infected copepods!%.
Fimbriaria fasciolaris is nonpathogenic. Thus, clinical dis-
ease is not observed.

Diagnosis is by identifying the proglottids in the feces
or the adults in the intestines. Treatment is generally not
warranted. Reducing exposure to contaminated water con-
taining the infected copepods prevents infection. Fimbri-
aria fasciolaris is not zoonotic.

Hymenolepis cantaniana

Hymenolepis cantaniana is 2 cm long and 1 mm wide, and
bears rostellar hooks'%®. Hymenolepis cantaniana has been
reported in the small intestine of chickens and other
birds'!'!. Specific details on the life cycle of H. cantaniana
are sparse. It is known that the dung beetle serves as the
intermediate host!®. Each beetle can carry 100 or more
cysticercoids. Hymenolepis cantaniana is considered non-
pathogenic; therefore, clinical disease is not observed.
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A definitive diagnosis is made by identifying the gravid
proglottids in the feces or the adults in the intestines.
Because H. cantaniana is considered nonpathogenic, treat-
ment is not needed. Control of the intermediate host aids
in the prevention of H. cantaniana infection. Hymenolepis
cantaniana has not been reported in humans.

Hymenolepis carioca

Morphology. Hymenolepis carioca is a slender, threadlike
worm measuring 3 cm to 8 cm long and 0.5 mm wide.
The rostellum is unarmed, but rostellar sacs are present!®®.
Hosts and Life Cycle. Hymenolepis carioca occurs in
the intestines of the chicken and other avian species''.
Details on the life cycle of H. carioca are lacking. Birds
become infected by ingesting an insect intermediate host,
usually a beetle (Figure 10.8)'"3. Dung beetles or ground
beetles are the most common source of infection'%®. The
metacestode stage develops in the insect and the adult stage
develops in the chicken two to four days post-infection.
Pathologic Effects and Clinical Disease.
Hymenolepis carioca is not usually considered pathogenic.
Birds have been known to harbor several hundred worms
without any pathologic lesions'*®. However, Jha and co-
workers reported chronic inflammation and enteritis in
birds infected with H. carioca'**. Because H. carioca is usu-
ally nonpathogenic, clinical disease is not observed.
Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the gravid proglottids in the feces or
the adult tapeworm in the intestines. Butynorate
(dibutyltin dilaurate) is the only approved drug for the
treatment of H. carioca infection'®®. It can be administered
at the level of 500 mg/kg of feed'!>. Control of the inter-

mediate host (beetles) prevents disease transmission.
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Public Health Considerations. Hymenolepis carioca
has not been reported in humans.

Hymenolepis megalops

Hymenolepis megalops is a small tapeworm. Adult worms
measure 3 mm to 6 mm long and bear a 1-mm to 2-mm
scolex'%8. The rostellum is unarmed. Hymenolepis megalops
has been recovered from the cloaca or bursa of Fabricius
of waterfowl'®®. Gravid proglottids are passed in the feces
and are ingested by an ostracod crustacean. Waterfowl
subsequently become infected after eating the infected
intermediate host!'%. Hymenolepis megalops is considered
pathogenic but few details are available. Likewise, details
on the clinical manifestations for H. megalops are scarce. As
for other members of the genus, dibutyltin dilaurate would
probably be effective. Control of the intermediate host
prevents transmission. Hymenolepis megalops is not
zoonotic.

Raillietina cesticillus

Morphology. Adult R. cesticillus can measure up to 15 cm
long!%8. It has a distinctive scolex, which has a wide rostel-
lum with 300 to 500 hammer-shaped hooks'*®. Gravid
proglottids contain eggs that are 75 p to 88 pm in diameter
(Figure 10.9).

Hosts and Life Cycle. Raillietina cesticillus has been
reported in the small intestine of chickens and other avian
species! M 11116 Gravid proglottids are passed in the feces
and ingested by an intermediate host (Figure 10.10). More
than 100 species of beetles can serve as intermediate
host!%®. Birds become infected by ingesting infected
beetles. It takes approximately two to four weeks to com-
plete the tapeworm life cycle.

TRANSMISSION OF HYMENOLEPIS CARIOCA
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Fig. 10.8 A schematic diagram of the life cycle of Hymenolepis carioca. Courtesy of Marietta Voge, University of California.



Fig. 10.9 Raillietina cesticillus. (A), (B) Scolex with distinctively shaped rostellum. (C) Mature proglottld. (D) Egg. (A),(C) Reproduced from
Wehr, E.E. (1965) with permission. (B),(D) Courtesy of W.M. Reid, University of Georgia.

TRANSMISSION OF RAILLIETINA CESTICILLUS

ADULT D LARVAL D ADULT
WORM STAGE WORM

Fig. 10.10 A schematic diagram of the life cycle of Raillietina cesticillus. Courtesy of Marietta Voge, University of California.
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Pathologic Effects and Clinical Disease. Pathologic
findings include enteritis with degeneration of epithelial
cells, infiltration by macrophages and lymphocytes, and
proliferation of connective tissue!'. Clinical disease is not
observed in birds affected with R. cesticillus.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the gravid proglottids in the feces, or
the adult tapeworm in the small intestines. Butynorate
(dibutyltin dilaurate) is approved for the treatment of R.
cesticillus infection'!”. Pote and co-workers reported 100%
efficacy of fenbendazole when administered in the diet at
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240 ppm (104.3 mg/kg BW) for six days''®. Control of the
intermediate host prevents completion of the life cycle.

Public Health Considerations. Raillietina cesticillus
is not zoonotic.

Raillietina echinobothrida

Morphology. Adult Raillietina echinobothrida worms
measure up to 25 cm in length!'®. The rostellum is armed
with two rows of large hooks!'!®. Gravid proglottids con-
tain eight to 12 eggs each (Figure 10.11)'"%.

Fig. 10.11  Raillictina echinobothrida. (A),(B) Scolex. (C) Gravid proglottid. (A) Courtesy of W.M. Reid, University of Georgia. (B) Reproduced
from Lapage, G. (1962) with permission. (C) Reproduced from Wardle, R.A. and McLeod, J.A. (1952) with permission.
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Hosts. Raillietina echinobothrida has been reported in
the small intestine of chickens, grey quails (Corurnix
coturnix), and other birds'!116:120,

Life Cycle. Gravid proglottids are passed in the feces
and ingested by an ant, the intermediate host'!!. These
eggs hatch and develop into infective larvae within the
ant’s body cavity!?!. The avian host becomes infected by
ingesting an infected ant. It takes three weeks to complete
the life cycle of R. echinobothrida.

Pathologic Effects and Clinical Disease. Raillietina
echinobothrida is highly pathogenic and causes intestinal
wall nodules due to worm penetration. Nodules measure
1 mm to 6 mm in diameter'??, and are visible on the
serosal surface (Figure 10.12). In addition, catarrhal,
hyperplastic enteritis with lymphocytic, polymorphonu-
clear, and eosinophilic infiltrates has been reported with
R. echinobothrida infections'®®. Samad and co-workers
reported anemia with an increase in total leukocyte counts,
and a decrease in total serum protein'?’. Affected birds are
weak, emaciated, and often have diarrhea!'®. Anemia has
also been noted'?.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding gravid proglottids in the feces, along with clini-
cal signs and pathological lesions. Treatment with
dibutyltin dilaurate is most likely effective. Ant control
disrupts the transmission cycle.

Fig. 10.12 Lesions produced by Raillietina echinobothrida in the
chicken intestine. Reproduced from Wehr, E.E. (1965) with permission.
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Public Health Considerations. Raillietina echinoboth-
rida is not zoonotic.

Raillietina georgiensis

Adult Raillietina georgiensis measure 15 cm to 38 cm by
3.5 mm. The scolex bears two rows of 230 rostellar hooks
that are 12 pm to 23 pm long and have eight to 10 circles
of 8-p to 13-y acetabular hooks'%®.

Raillietina georgiensis is found in the small intestine of
turkeys. Gravid proglottids passed in the feces are ingested
by a small brown ant (Pheidole vinelandica). The eggs
hatch and infective larvae develop in the ant’s body cavity.
It takes approximately three weeks to complete the life
cycle!®. Severely infected birds develop enteritis. However,
most birds do not show any clinical signs of disease.

Diagnosis is by identifying gravid proglottids in the
feces or adults in the intestines. Dibutyltin dilaurate is
probably effective against R. georgiensis but it is not regis-
tered for use against turkey tapeworms'®®. Control of the
intermediate host prevents completion of the transmission
cycle. Raillietina georgiensis does not infect humans.

Raillietina tetragona

Morphology. Adult Raillietina tetragona measure up to
25 cm long and 3 mm wide. The tapeworm is distin-
guished from other members of the genus by its oval suck-
ers, which have eight to 12 rows of 3-pm to 8-pm long
hooks. The rostellum is armed with 90 to 100 hooks mea-
suring 6 p to 8 p long. These are arranged in either single
or double row!%,

Hosts and Life Cycle. Raillietina tetragona has been
reported in the small intestine of chickens, pigeons, and
other birds'®. The life cycle of R. tetragona is similar to
that of R. echinobothrida''®. The ant is the intermediate
host!1®.

Pathologic Effects and Clinical Disease. Reduced
glycogen levels in the liver and intestinal mucosa have been
found in birds infected with R. tetragona'?*. Jha and co-
workers reported enteritis with epithelial cell degeneration,
lymphocyte and macrophage infiltration, and connective
tissue proliferation. Total white blood cells were also
diminished!'#12°, Nadakal and Nair reported weight loss
and decreased egg production in experimentally infected
birds!?4.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying proglottids in the feces or adults in the
intestine. Dibutyltin dilaurate has been an effective treat-
ment for R tetragona. Oral oxfendazole was 100%
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effective in chickens at 7.5 mg/kg for adult tapeworms and
10 mg/kg for immature tapeworms'?°. Likewise, prazi-
quantel was 100% effective at 5 mg/kg, 7.5 mg/kg, or
10 mg/kg for immature tapeworms and 100% effective at
10 mg/kg for adult tapeworms in chickens'?’. In addition,
Rajendran and Nadakal'*® reported that praziquantel at a
dosage of 0.15 ml/kg in liquid form was also effective
when given intramuscularly in the chicken. Elowni and
co-workers did not find niclosamide to be effective!?.
Control of the intermediate host disrupts transmission.

Public Health Considerations. Raillictina tetragona
does not infect humans.

NEMATODES
Superfamily Rhabditoidea

Strongyloides avium

Strongyloides avium has been reported in chickens,
turkeys, geese, grouse, and quail'**!3!. Infection occurs
through ingestion of the infective, free-living larvae!.
Adult female worms inhabit the small intestine and ceca.
First-stage larvae are passed in the feces. Larvae reach the
infective third stage in the environment. Strongyloides
avium is pathogenic in young birds, where it causes
enteritis and a cecal wall thickening. Adult birds show no
clinical signs of infection, while young birds develop
bloody diarrhea'?°.

Diagnosis is by identifying the larvae in the feces,
using a direct smear or Baermann technique, along with
clinical signs and lesions. Adult worms can also be identi-
fied in the small intestines and cecum. Tetramisole has
some efficacy against S. avium'3!. Proper sanitation and
good management are important for preventing infection
with S. avium. Frequent removal of the feces can limit the
spread of infection. Strongyloides avium has not been
reported in humans.

Strongyloides oswaldoi

Strongyloides oswaldoi has been reported in the small intes-
tines of chickens'*. The life cycle is similar to that of
S. avium. Strongyloides oswaldoi is pathogenic in young
birds but not in adults. Enteritis and a thickened cecal wall
have been reported in young birds. Adult birds have
unapparent infections. Affected younger birds often have
bloody diarrhea!®?. Diagnosis and prevention of S. oswal-
doi are as described for S. avium.
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Superfamily Heterakoidea
Ascaridia bonasae

Ascaridia bonasae has been found in the small intestine of
the grouse. This species has often been mistaken for A. galli
but it is smaller in size. Males measure 10 mm to 35 mm
with 1.8-mm to 2.7-mm spicules of equal length. Females
measure 30 mm to 50 mm in length'!. The life cycle of
A. bonasae is similar to that of A. galli. It is unknown
whether A. bonasae causes pathologic changes or clinical dis-
ease. Diagnosis, treatment, and prevention are as described
for A. galli. Ascaridia bonasae does not infect humans.

Ascaridia columbae

Ascaridia columbae has been reported in the small intestine,
esophagus, proventriculus, gizzard, liver and coelomic cav-
ity of pigeons and doves'?!. Geese and chukars may serve as
paratenic hosts'??. Adult male A. columbae measure 50 mm
to 70 mm long and possess 1.2-mm to 1.9-mm spicules of
equal length. Unlike other avian Ascaridia species, A.
columbae males have the fourth pair of ventral papillae
located adjacent to the anus. Females measure 20 mm to
95 mm"!. The life cycle of A. columbae is similar to that of
A. galli, except that the second larval stage can penetrate
the intestines to reach the lung and liver, where further
development does not occur'?*. Ascaridia columbae larvae
migrate to the liver and produce granulomatous lesions
with leucocytic infiltration'?*. Affected birds may develop
diarrhea.

Diagnosis, treatment, and prevention are as described
for A. galli. Ascaridia columbae is not zoonotic.

Ascaridia compar

Ascaridia compar is found in the small intestines of grouse,
partridges, pheasants, and quail. Adult male worms measure
36 mm to 48 mm long and have 1.8-mm long spicules.
Unlike other Ascaridia sp., A. compar males possess four
pairs of pre-anal papillae (two pairs located near the pre-anal
sucker and two pairs anterior to the anus). Adult females
measure 84 mm to 96 mm long'?!. The life cycle of A. com-
par is similar to that of A. galli. Vassilev'®> reported that
A. compar in partridges develops only in the lumen and does
not penetrate the intestinal wall. The larvae undergo a two-
stage molt which occurs at six to seven days and then at 12
to 13 days post-infection. Ascaridia compar eggs can remain
viable for at least 493 days'®. Pathologic changes and clini-
cal disease caused by A. compar have not been described.
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Diagnosis, treatment?, and prevention are as
described for A. galli. Ascaridia compar is not zoonotic.

Ascaridia dissimilis

Ascaridia dissimilis has been reported in the small intestines
of turkeys. Ascaridia dissimilis is similar to A. galli in mor-
phology. Males measure 35 mm to 65 mm in length and
possess 1.3-mm to 2.2-mm long spicules that have
rounded ends. Unlike other members of the genus, males
have the first pair of pre-anal papillae opposite the pre-anal
sucker, and the closely adjacent ventral pair of post-anal
papillae directly behind the anus. Females measure 50 mm
to 105 mm!''. The life cycle of A. dissimilis is similar to
that of A. galli. However, A. dissimilis eggs embryonate in
nine to 10 days and the larvae mature in the lumen around
30 days. Ascaridia dissimilis eggs can survive on the turkey
egg shell®®. Mortality has been associated with heavy
worm burdens of A. dissimilis'¥”138. A high number of
turkey flocks are affected with A. dissimilis'® and aberrant
migration of A. dissimilis has resulted in white hepatic foci
as a result of granuloma formation!?’. Affected birds
develop diarrhea'®!.

Diagnosis, treatment and prevention are as
described for A. galli. Ascaridia dissimilis is not zoonotic.
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Ascaridia galli

Morphology. Ascaridia galli (Syn. Ascaridia lineata) (the
“chicken roundworm”) is a large, white worm that has three
large lips'!. Males range in size from 50 mm to 76 mm
long by 490 p to 1210 p wide. There is a circular pre-anal
sucker with a chitinous wall. The tail has narrow caudal alae
and 10 pair of papillae. The first pair of ventral caudal
papillae is anterior to the pre-anal sucker, while the fourth
pair is separated from the other pairs (Figure 10.13). The
spicules are symmetrical and narrow, and there is a slight
indentation of the tail. The female worm measures 60 mm
to 116 mm by 900 p to 1,800 p. The eggs of A. galli are
elliptical and thick-shelled, and measure 70 p to 80 p by
45 pto 50 p!3h1% (Figure 10.14).

Hosts. Ascaridia galli has been reported in the small
intestine of chickens, turkeys, doves, ducks, geese, and
guinea fowl'31.

Life Cycle. The life cycle of A. galli is direct. Transmis-
sion is via ingestion of an embryonated egg, which hatches in
the proventriculus or duodenum. Larvae live free in the duo-
denum for nine days before penetrating the mucosa'®'. They
return to the lumen eight to nine days later, where they
mature by 28 to 30 days post-ingestion'?!. Grasshoppers and
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Fig. 10.13  Ascaridia galli from the chicken small intestine. Repro-
duced from Wehr, E.E. (1965) with permission.

Fig. 10.14 Ascaridia galli eggs at 400 X magnification. Reproduced
from Benbrook, E.A. and Sloss, M.W. (1961) with permission.

earthworms can ingest the infective egg and remain infective
to the bird host, although no development occurs in these
paratenic hosts. Adult A. galli pass eggs, which become
infective in 10 to 12 days, in the feces. Eggs are very resistant
to environmental stress, such as low temperature, and can
survive for prolonged periods of time in the environment.
Resistance to A. galli infection may involve genetic factors'#4.

Pathologic Effects and Clinical Disease. Pathologic
effects have been associated with severe A. galli infection,
and include intestinal blockage, weight loss, anemia,
hypoglycemia, increased urates, atrophic thymus glands,
depressed growth, and death!®. Although anemia was
present, there were no effects on blood protein levels,
packed cell volumes, or hemoglobin levels'“®, Total
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leukocyte counts were elevated!?’. Infection with A. galli
may exacerbate other disease conditions and may facilitate
transmission of avian reoviruses'?!. Worms have also been
recovered from bird eggs'®®. Affected birds may develop
diarrhea and weight loss.

Diagnosis. Diagnosis is by identification of A. galli
eggs in the feces or adult worms in the small intestine,
along with clinical signs and lesions.

Treatment. Effective treatments include piperazine
compounds. For chickens and turkeys, piperazine can be
given in the water (0.1% to 0.2%). Chickens otherwise
can be given a single oral treatment of 50 to 100 mg/bird.
Turkeys younger than 12 weeks should receive 100 mg/bird
orally, while those older than 12 weeks should receive 100
to 400 mg/bird orally'?!. Levamisole (25 mg/kg) was more
effective than thiabendazole (70 mg/kg) when given orally
for four days. A water-suspensible fenbendazole at 60.6 ppm
in the drinking water via automatic medicators for six
hours on three consecutive days was also effective!®. Iver-
mectin, 0.07 to 0.14 mg/kg per adult guinea fowl, was
effective when given subcutaneously'".

Prevention. Proper sanitation and good management
practices are effective control strategies. Because the eggs
do not embryonate until 10 to 12 days, proper sanitation
and good management practices aid in preventing infec-
tions.

Public Health Considerations. Ascaridia galli has
not been reported in humans.

Ascaridia numidae

Ascaridia numidae has been reported in the small intestine
and cecum of guinea fowl. Ascaridia numidae is smaller
than A. galli. Males measure 19 mm to 35 mm long and
possess 3-mm spicules. Males also have 10 pairs of caudal
papillae; two pairs are pre-anal and two pairs are adanal.
Females measure 30 mm to 50 mm long'!. The life cycle
of A. numidae is similar to that of A. galli except that
A. numidae larvae remain in the lumen for four to 14 days
prior to penetration of the small intestinal mucosa'®!. The
pathologic changes found in birds infected with A. numi-
dae have not been fully described. Affected birds can have
diarrhea. Diagnosis, treatment, and prevention are as
described for A. galli. Ascaridia numidae is not of public
health concern.

Heterakis dispar

Morphology. Adult male worms measure 7 mm to 18 mm
long and have a pre-anal sucker that measures 109 p to
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256 p in diameter with 390-p to 730-p spicules. Females
measure 16 mm to 23 mm. Eggs of H. dispar are 59 p to
62 pby 39 pto 41 p'.

Hosts and Life Cycle. Heterakis dispar has been iden-
tified in the ceca of ducks and geese'?!. Eggs pass out in
the feces and become infective in approximately two
weeks. Following ingestion by a suitable avian host, eggs
hatch in the upper intestine, and the larvae migrate to the
cecum within 24 hours. Alternatively, eggs passed in the
feces may also be ingested by an earthworm. Birds ingest-
ing earthworms carrying larval H. dispar also become
infected?!.

Pathologic Effects and Clinical Disease. Hezerakis
dispar is nonpathogenic. Thus, clinical signs are not
observed.

Diagnosis, Treatment, and Prevention. A definitive
diagnosis is made by identification of the H. dispar eggs in
the feces or adult worms in the cecum. Fenbendazole has
been effective in the treatment of H. gallinarum in turkeys
and chickens and would likely be an effective treatment for
H. dispar. Proper sanitation and good hygiene help prevent
transmission of H. dispar. Frequent removal of feces
reduces environmental contamination.

Public Health Considerations. Hezerakis dispar does
not infect humans.

Heterakis gallinarum

Morphology. Heterakis gallinarum (the “cecal worm”)
is a white worm that has three equal-sized lips, lateral
membranes that extend the length of the body, and an
esophagus that has a well-developed bulb and valvular
apparatus'®'. Males measure 7 mm to 13 mm long and
have a straight tail, two large lateral bursal wings, a well-
developed pre-anal sucker, 12 pairs of caudal papillae, and
asymmetrical spicules (one measuring 0.85 mm to 2.8 mm
long and the other measuring 0.37 mm to 1.1 mm long
with a curved tip)'?'. Females are 10 mm to 15 mm long
and have a narrow pointed tail (Figure 10.15)"°!. The eggs
of H. gallinarum have a thick shell, are elliptical, and mea-
sure 63 p to 75 p by 36 p to 50 p'! (Figure 10.16).

Hosts. Heterakis gallinarum has been found in the
ceca of chickens, ducks, geese, grouse, guinea fowl, par-
tridges, pheasants, quail, turkeys, and other birds'®'.

Life Cycle. Eggs are passed in the feces and embry-
onate in the environment within two weeks. These infec-
tive eggs are ingested and the larvae are hatched within the
small intestine and migrate to the ceca. Earthworms can
also ingest eggs of H. gallinarum and thus serve as a source
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Fig. 10.15 Heterakis gallinarum female. Reproduced from Lapage,
G. (1968) with permission.

Fig. 10.16  Heterakis gallinarum egg at 410 X magnification. Repro-
duced from Benbrook, E.A. and Sloss, M.W. (1961) with permission.

of infection for birds'3!. Cecal worm ova can also serve as a
carrier for the protozoan Histomonas meleagridis.
Pathologic Effects and Clinical Disease. Ring-
necked pheasants, guinea fowl, and chickens are more sus-
ceptible to disease than are other avian species'>?. Heterakis
gallinarum causes inflammation and thickening of the
cecal wall. In the pheasant, pathologic changes include
congestion, petechial hemorrhages, and thickening of the
mucosa consistent with a chronic diffuse typhlitis*!'!.
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Mucosal and submucosal cecal nodules have been reported
in severe cases'>>. Hepatic granulomas have been reported
in the chicken'. Clinical disease is uncommon in birds
infected with H. gallinarum.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying H. gallinarum eggs in the feces or adults in
the cecum. Fenbendazole eliminates infection with /. gal-
linarum when administered at a dose of 120 ppm in the
feed for three days or 45 ppm for six days for turkeys'>,
and 30 ppm for five or six days or 60 ppm for three days in
chickens'®®. Pullet hens may be treated with fenbendazole
(30 ppm or 60 ppm in the feed for five days)'>’”. Liquid
piperazine diluted to 3 ml of solution/liter drinking water
to provide 30 to 50 mg of piperazine per liter has proven
effective for treating infected quail®. Lastly, ivermectin
(0.07 or 0.14 mg/kg per adult bird subcutaneous [SQ])
was effective in guinea fowl!>’. Proper sanitation and good
management practices are effective control strategies. Fre-
quent manure removal reduces worm development and
further contamination of the environment.

Public Health Considerations. Hezerakis gallinarum
does not infect humans.

Heterakis isolonche

Morphology. Heterakis isolonche is similar in morphology
to H. gallinarum. Males are 5.9 mm to 15 mm long; have a
70-p to 150-p diameter pre-anal sucker; and long, sym-
metrical 0.72-p to 2.33-p spicules. Female worms measure
9 mm to 12 mm long. Eggs of H. isolonche are 65 pto 75 p
by 37 p to 46 p.

Hosts and Life Cycle. Heterakis isolonche has been
recovered from the ceca of ducks, grouse, pheasants,
prairie chickens, quail, and turkeys'?!"°8. The life cycle of
H. isolonche is similar to that of H. gallinarum.

Pathologic Effects and Clinical Disease. Severe
mortality, up to 50%, has been reported in infected pheas-
ants'!. Heterakis isolonche invades the cecal mucosa and
causes lymphocytic infiltration and granulation resulting
in nodule formation. These nodules can coalesce to form a
thickened cecal wall'*!. In pheasants and turkeys, nodules
are composed of granulomata and fibrous hyperplastic tis-
sue®8. Pathology is not observed in the quail or grouse.
Affected birds may lose weight and have diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying H. isolonche eggs in the feces or adult worms
in the ceca. Fenbendazole is most likely effective, since it is
recommended in the treatment of H. gallinarum infection.
Proper sanitation and good management practices are
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effective control strategies. Frequent manure removal
reduces environmental contamination.
Public Health Considerations. Heterakis isolonche

has not been reported in humans.

Superfamily Subuluroidea
Aulonocephalus lindquisti

Aulonocephalus lindquisti are red worms with a finely stri-
ated cuticle and a head with six 65-p to 70-u grooves
extending from the mouth'!. Males measure 8 mm to
10.6 mm long by 420 p to 490 p wide and have 1.16-mm
to 1.3-mm long spicules. Females measure 10 mm to
14.8 mm long by 430 p to 590 p wide and have a tail that
ends in a thin spike. Eggs measure 58 p by 42 p to 45 p'3l.
Aulonocephalus lindquisti has been reported in the
cecum and large intestine of bobwhites and blue (scaled)
quail!. Specific details on the life cycle of A. lindquisti are
unknown. Awulonocephalus lindquisti is considered non-
pathogenic. Clinical disease has not been observed.
Diagnosis is by identifying A. lindquisti eggs in the
feces or the adults in the ceca. Treatment is not warranted.
Proper sanitation and good management practices prevent
future infections. Aulonocephalus lindquisti is not zoonotic.

Subulura brumpti

Morphology. Subulura brumpti are small nematodes
whose anterior end is curved dorsally'!. They have a
hexagonal mouth with six lips that each bear a median
papillae!. Males measure 6.9 mm to 10 mm long by
340 p to 420 p wide, and have 2 0.98-mm to 1.1-mm long
esophagus, lateral alae that extend to the middle of the
esophagus, and a tail that is curved ventrally'!. Males also
have 10 pairs of caudal papillae (three pre-anal pairs, two
adanal pairs, and five post-anal pairs), 1.22-mm to 1.5-mm
long spicules, and a 170-p to 220-p wide pre-anal
sucker'®!. Females measure 9 mm to 13.7 mm long by
460 p to 560 p wide, have a 1-mm to 1.3-mm long esoph-
agus, and a straight and conical tail that ends in a point'3'.
Eggs are thin-shelled, spherical, and 82 p to 86 p by 66 p
to 76 p, and are embryonated when passed in the feces'!.

Hosts. Subulura brumpti has been reported in chick-
ens, turkeys, doves, ducks, grouse, guinea fowl, partridges,
pheasants, and quail''.

Life Cycle. Subulura brumpti eggs are passed in the
cecal droppings and are immediately infective to an inter-
mediate host, including beetles or cockroaches. After
ingestion by the intermediate host, larvae hatch in four to
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five hours and develop into the infective third-stage larvae
within the insect body cavity. The second-stage larvae was
observed eight days post-infection and the encysted
infective third-stage larvae was observed 12 to 16 days
post-infection!*. This intermediate host is then ingested
by a definitive avian host and a fourth-stage larva develops
within two weeks. By day 18 post-infection, the final molt
occurs, and adult S. brumpti begin to lay eggs six weeks
post-infection 31160,

Pathologic Effects and Clinical Disease. Subulura
brumpti does not appear to be pathogenic!'®. Thus, clinical
signs are typically not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the feces and adult worms in the
cecum. Treatment is not warranted. Because S. brumpti is
immediately infective to the intermediate hosts, control of
the life cycle is of utmost importance to control future
infections.

Public Health Considerations. Subulura brumpti
has not been reported in humans.

Subulura strongylina

Subulura strongylina has been reported in the ceca of chick-
ens, guinea fowl, and quail. Adult male worms measure
4.4 mm to 12 mm long, and have a V- or O-shaped curved
tail, a 169-p wide pre-anal sucker, 11 pairs of caudal papil-
lae, and 890-p to 1,200-p long spicules'?!. Female worms
measure 5.6 mm to 18 mm long'?'. Eggs measure 84 p by
67 p and are embryonated when passed in the feces'®!. The
life cycle of S. strongylina likely resembles that of S. brumpti.
Subulura strongylina is not pathogenic. There were no
reportable lesions produced in the quail ceca'®'. Thus,
clinical signs are not observed.

Diagnosis is by identifying S. strongylina eggs in the
feces or the adults in the ceca. Treatment is not warranted.
Because S. strongylina is immediately infective to the inter-
mediate hosts, its control is of utmost importance to con-
trol future infections. Subulura strongylina does not infect
humans.

Subulura suctoria

Subulura suctoria has been reported in the small intestine
and ceca of chickens, turkeys, guinea fowl, partridges,
pheasants, and quail®'. Subulura suctoria is larger than
S. brumpti. Males measure 11.8 mm to 13.8 mm long by
359 p wide and have 1-mm to 1.5-mm long curved
spicules. Female worms measure 20 mm to 33 mm long.

Eggs are 51 p to 70 p by 45 p to 64 p'?!. The life cycle is
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similar to that of S. brumpti. Beetles serve as the intermedi-
ate host!®'. Subulura suctoria is nonpathogenic!'®162,
Thus, clinical disease had not been reported.

Diagnosis and prevention are as described for S.
brumpti. Treatment is not needed, since S. suctoria is non-
pathogenic. However, ivermectin given subcutaneously
(0.07 mg/kg or 0.14 mg/kg) to adult guinea fowl was effec-

tive'™°. Subulura suctoria is not of public health concern.

Superfamily Strongyloidea
Cyathostoma bronchialis

Morphology. Adult Cyathostoma bronchialis are sexually
dimorphic. Adult males measure 8 mm to12 mm long by
200 p to 600 p wide, and have long and slender spicules
measuring 540 p to 870 p long''. Adult females measure
16 mm to 30 mm long by 750 p to 1500 p wide. Eggs are
operculated and measure 68 p to 90 p by 43 p to 60 .

Hosts. Cyathostoma bronchialis has been reported nat-
urally in the larynx, trachea and bronchi, and abdominal
air sacs of ducks, geese and turkeys, and experimentally in
chickens!31:163,

Life Cycle. Infection can occur through direct infection
with third-stage larvae, or via ingestion of an infected earth-
worm intermediate host. Following ingestion, third-stage
larvae migrate to the lungs via the coelomic cavity and air-
sacs'®. From the lungs, larvae migrate to the trachea, where
they mature and copulate within two weeks of ingestion!®.

Pathologic Effect. Fernando and
reported that experimentally infected geese develop bron-
chitis of the primary, secondary, and tertiary bronchi.
There is hyperplasia of the epithelium in the primary
bronchus. Generalized pneumonitis was also reported due
to the aspiration of C. bronchialis eggs'®.

Clinical Disease. Morbidity rates of up to 80% and
mortality rates of up to 20% have been reported in a flock
of domestic geese!®®. Affected birds may develop respira-
tory difficulty and gaping.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs in the feces, observation of
clinical signs, or recovery of the adults in the trachea. Thi-
abendazole, as recommended for Syngamus trachea, is

co-workers

effective. Proper sanitation, including frequent removal of
feces, aids in preventing infection with C. bronchialis.

Syngamus trachea

Morphology. Syngamus trachea is also called the gape worm,

redworm, or forked worm!?!. Adults are sexually dimorphic.
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Males are 2 mm to 6 mm long by 200 p wide, with short,
slender 57-p to 64-p spicules. Females are 5 mm to 20 mm
long by 350 p wide (Figure 10.17). The eggs are elliptical,
operculated, and measure 90 p by 49 p'*' (Figure 10.18).
Adult worms appear bright red, and the male and female
form a Y-shape as they are locked in copulation'®!. The
mouth of S. zrachea has an orbicular shape that has a hemi-
spheric chitinous capsule containing eight sharp teeth at the
base. There is a chitinous plate surrounding the mouth that
is formed by six festoons. The male has an asymmetrical
bursa that is obliquely truncated with short rays. The female
has a conical tail with a pointed process and a vulva that is
placed in the upper quadrant of the body'?!.

Hosts. Syngamus trachea has been reported in the tra-
chea, bronchi, and bronchioles of chickens, turkeys, geese,
guinea fowl, pheasants, peafowl, quail, and some passeri-
forms!0L131

Life Cycle. The life cycle of S. trachea may be direct or
indirect. In the direct life cycle, birds become infected by
ingesting embryonated eggs or infective larvae. In the indi-
rect life cycle, birds become infected by ingesting earth-
worm intermediate hosts'?!. Adult females release eggs into
the tracheal lumen. The eggs are carried to the oropharynx,
swallowed, and are passed into the feces. Eggs of S. #rachea

_—

ISmm
Fig. 10.17 Syngamus trachea male and female. Reproduced from
Wehr, E.E. (1965) with permission.
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Fig. 10.18 Egg of Syngamus trachea. Reproduced from Soulsby, E.J.L.
(1982) with permission.

embryonate and hatch in eight to 14 days, depending on
environmental temperature and moisture content.

Free-living larvae may be ingested by an earthworm,
slug, or snail, and live within the body cavity or encyst in
its muscles, where they can remain infective for up to four
years'?!. Following ingestion, infective larvae penetrate the
crop or esophageal wall and migrate to the lungs. They can
also enter the duodenum, penetrate the intestinal wall, and
enter the lungs via the portal blood vessels'®”. In the lungs,
they molt and develop into adults within two weeks after
ingestion.

Pathologic Effects. Syngamus trachea attach to the
posterior tracheal mucosa (Figure 10.19), where they cause
tracheal obstruction with bloody mucus and tracheitis. As
a result of localized inflammation, nodules may form at the
site of attachment of male worms. The females detach and
reattach so nodules are less likely to form at their attach-
ment sites. Nodules are common in turkeys and pheasants
but not in chickens and guinea fowl'?!. Hwang and co-
workers reported marked heterophilia, monocytosis,
eosinophilia, and lymphocytopenia, and a decreased
packed cell volume in experimentally affected turkeys!®®.

Clinical Disease. Young birds are more severely infected
than older birds. Affected birds develop characteristic signs of
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Fig. 10.19  Syngamus trachea adults attached to the tracheal mucosa in
a chicken. Reproduced from Wehr, E.E. (1965) with permission.

respiratory difficulty, including dyspnea, asphyxia, coughing,
and the characteristic open mouth with head extension (“gape”).

Diagnosis. Diagnosis is by identifying the eggs in the
feces along with the characteristic gape, or by identifying
the adults in the trachea.

Treatment. Some have reported that thiabendazole
is effective in treating birds infected with S. trachea''.
However, others have reported that in chickens, thiaben-
dazole (500 mg/kg) was least effective when compared to
albendazole (15 mg/kg) or mebendazole (40 mg/kg)'®.
Levamisole (2 mg/100g body weight, given subcutaneously)
has been effective for treating pheasants®®. Fenbendazole
(100 ppm in the feed for four days) also eliminated
the infection in pheasants’. Albendazole (5 mg/kg or
10 mg/kg) given orally for three to five days was effective
in turkeys'’?. For geese, flubendazole was effective when
given at 30 ppm in the feed for seven days'”!.

Prevention. Proper sanitation and good management
practices can reduce infections. Frequent removal of feces
reduces environmental contamination.

Public Health Considerations. Syngamus trachea
does not infect humans.

Superfamily Trichostrongylidae
Amidostomum anseris

Morphology. Amidostomum anseris is a slender red worm
in the family Trichostrongylidae, subfamily Amidostom-
atinae. Adults have a buccal cavity containing three
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pointed teeth. Males measure 10 mm to 17 mm long by
250 p to 350 p wide, and possess spicules 200 p in length.
Females measure 12 mm to 24 mm long by 200 p to 400 p
wide. The thin-shelled eggs measure 85 pto 110 p by 50 p
to 82 pll.

Hosts and Life Cycle. Amidostomum anseris has been
reported under the koilin layer of the gizzard in the duck,
goose, and pigeon'?!. Eggs are passed in the feces and
hatch within a few days. Infective larvae are ingested by a
susceptible host bird. Adult worms are found in the gizzard
about 40 days after ingestion'?!.

Pathogenic Effects and Clinical Disease. In severely
infected birds, gizzard linings become hemorrhagic and
necrotic, and they slough. Affected birds are anorexic,
emaciated, and lethargic, and may develop a staggering
gait and impacted esophagus!’2.

Diagnosis. A definitive diagnosis can be made by
identifying the A. anseris eggs in the feces or the adults in
the gizzard.

Treatment. Cambendazole (60 mg/kg) is effective
against adult worms and larvae!”3. Pyrantel (100 mg/kg) is
effective for adult worms. Mebendazole (10 mg/kg for
three days) and fenbendazole have also proven effec-
tive!1174, Vanparijs reported that flubendazole was effec-
tive at 30 ppm in the feed for seven consecutive days in
geese!’!
ivermectin (200 pg/kg SQ) in geese

Prevention. Proper sanitation and good management
practices help prevent future infections.

Public Health Considerations. Amidostomum anseris
has not been reported in humans.

. Cencek and co-workers reported success with
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Amidostomum skrjabini

Amidostomum skrjabini is smaller than A. anseris. Males
measure 7.5 mm to 8.8 mm long by 100 . to 130 p wide,
and have 115-p to 125-w spicules. Females measure 9 mm
to 11 mm long by 101 w to 120 p wide. Eggs are 70 . to
80 w by 40 w to 50 W' Amidostomum skrjabini
(Sclerostoma  monodon, Strongylus acutus, S. monodon,
Amidostomum monodon, A. chevreuxi, A. anatinum, A.
fuligulae, A. biziurae, A. boschadis, A. orientale, and A. acu-
tum) has been reported under the gizzard koilin layer of
ducks and pigeons. Chickens may be infected experimen-
tally'?!. The life cycle of A. skrjabini is similar to that of A.
anseris. The koilin layer of the gizzard often hemorrhages
and sloughs. Affected birds can be anorexic and emaciated.
Diagnosis, treatment, and prevention are as described for
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A. anseris. Amidostomum skrjabini has not been reported in
humans.

Epomidiostomum uncinatum

Epomidiostomum uncinatum is in the family Trichostrongy-
lidae, subfamily Amidostomatinae. It has been found under
the gizzard koilin layer of ducks, geese, and pigeons. Chick-
ens may be experimentally infected'®'. Epomidiostomum
uncinatum is similar to Amidostomum except that its buccal
capsule does not have teeth, and its anterior end bears a pair
of nodules. Males measure 6.5 mm to 7.3 mm long by
150 w wide and have spicules measuring 120 . to 130 p
long. Females measure 10 mm to 11.5 mm long by 230
mm to 240 mm wide. Eggs measure 74 . to 90 w long by
45  to 50 w wide''. Epomidiostomum uncinatum has been
reported in ducks, geese, and pigeons. Epomidiostomum
uncinatum eggs are passed in the feces and can become
infective third-stage larvae within four days. These infective
larvae are then ingested by a susceptible bird!7°. The extent
to which E. uncinatum causes pathologic changes or clinical
disease is unknown.

Diagnosis is by identifying eggs of E. uncinatum in feces
or the adults in the gizzard. Treatment regimens used for Ami-
dostomum may also be effective against E. uncinatum. Proper
sanitation and good management practices are likely to be
effective in preventing future infections. Epomidiostomum
uncinatum has not been reported in humans.

Trichostrongylus tenuis

Morphology. Trichostrongylus tenuis is a slender worm in
the family Trichostrongylidae. Adults have three small lips.
Males measure 5.5 mm to 9 mm long by 48 W wide, and
have brown, twisted spicules. Adult female worms measure
6.5 mm to 11 mm long by 77 w to 100 p wide. Eggs are
thin-shelled!?!.

Hosts and Life Cycle. Trichostrongylus tenuis has
been reported in the small intestine and cecum of chick-
ens, ducks, geese, grouse, guinea fowl, pigeons, quail, and
turkeys!?!"177. The life cycle of 7. tenuis is direct. Eggs are
passed in the feces and hatch in 36 to 48 hours and
become infective in about two weeks. These infective lar-
vae are then ingested by a susceptible bird host.

Pathologic Effects and Clinical Disease. Pathologic
changes include mucosal congestion, inflammation, and
thickening. Watson and co-workers reported plicae depres-
sion in the ceca of heavily infected grouse!’®. Affected
birds lose weight, become anemic, and experience
depressed egg production!”’.



248

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the 7. tenuis egg in the feces or the adult
worm in the small intestines. Trichostrongylus tenuis has
been effectively treated using cambendazole (30 mg/kg),
citarin (40 mg/kg), flubendazole (30 ppm in the feed for
seven days), mebendazole (10 mg/kg for three days),
pyrantel tartrate (50 mg/kg), or thiabendazole (75
mg/kg) 31171173174 Proper sanitation and good manage-
ment practices prevent infections.

Public Health Considerations.

tenuis does not infect humans.

Trichostrongylus

Superfamily Metastrongyloidea
Pelecitus spp.

Morphology. Pelecitus spp. belong to the family Meta-
strongylidae. Adult Pelecitus have a corkscrew-shaped
body. Males measure 8 mm to 11 mm long, have three to
four pairs of pre-anal papillae and one to two pairs of
post-anal papillae, and possess a 75-p to 92- long and a
70-w to 81-w long spicule. Females measure 19.5 mm
long!”®.

Hosts. Pelecitus species have been reported in subcu-
taneous tissues of a variety of bird species, including
pigeons'®? 81 Pelecitus  calamiformis, P
tercostatus, and P quadripapillosus have been reported in
psittacines'®'82. They are found primarily in the neck,
legs, or feet. Pelecitus major and P spiralis have been
reported in passerines.

Life Cycle. Pelecitus filariae were observed in con-
gested and hemorrhagic cervical connective tissue of the
pigeon'®’. Adult Pelecitus were found in the peritracheal
connective tissue and in the deep zone of the subcutaneous
tissue of the neck in the pigeon'®. Infection may be

associated with chronic tenosynovitis in psittacines'® and
181

and macaws

subcutaneous nodules on the feet of macaws

Pathologic Effects and Clinical Disease. Infections
are usually asymptomatic. However, lameness has been
reported in some infections involving the leg!®!.

Diagnosis, Treatment, and Prevention. Diagnosis is
often made when adult worms are found during necropsy.
There is no effective pharmaceutical treatment for Pelecitus
infections. Surgical removal of the worms is the only effec-
tive treatment'8!. Proper sanitation and good management
practices reduce re-infection. Removal of infected birds
limits transmission.

Public Health Considerations. Pelecitus species
found in avian species have not been reported in humans.
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Superfamily Spiruroidea
Cheilospirura hamulosa

Morphology. Cheilospirura hamulosa (Syn. Acuaria hamu-
losa) has two triangular lips. Adult worms have four long
longitudinal cordons which are not anastomosing or recur-
rent. Male worms measure 9 mm to 19 mm in length;
possess a 1.6-mm to 1.8-mm long by 12-p wide, short,
curved spicule; and a 180-mm to 200-mm by 64-. slender
spicule; and have a tightly coiled tail, two caudal alae, and
10 pairs of caudal papillae!®'. Adult females measure
16 mm to 25 mm long and have a pointed tail. Eggs
measure 40 W by 27 w13

Hosts. Cheilospirura hamulosa has been found under
the koilin layer of the gizzard of chickens, grouse, guinea
fowl, pheasants, quail, and turkeys'".

Life Cycle. The life cycle of C. hamulosa includes a
grasshopper, beetle, weevil, or sand hopper intermediate
host!#. Larvae develop in the muscles of the intermediate
host and become infective to the bird host in 22 days. After
ingestion, larvae mature in the bird at around 76 days!?!.

Pathologic Effects and Clinical Disease.
Cheilospirura hamulosa is generally nonpathogenic. How-
ever, heavy infestations may result in nodule formation in
the gizzard. Menezes and co-workers also reported finding
hemorrhages, ulcers, and mucosa and koilin thickening in
both pheasants and chickens with low parasite burdens'®>.
Histologically, there was evidence of chronic diffuse inflam-
mation. Clinical signs are typically not observed in birds
infected with C. hamulosa.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. hamulosa in the feces or the adult
worms in the gizzard. Treatment is generally not
warranted. Because the life cycle of C. hamulosa involves
an intermediate host, control of the intermediate host
helps prevent future infections.

Public Health Considerations. Cheilospirura hamu-

losa does not infect humans.
Cheilospirura spinosa

Morphology. Cheilospirura spinosa is a member of the
family Acuariidae. Males measure 14 mm to 20 mm long
by 183 W to 232  wide, and have two different types of
spicules. One type measures 660 W to 720 W long and the
other measures 192 w long. The male caudal alae are
similar to those of C. hammulosa. Female worms measure
34 mm to 40 mm long by 315 w to 348 W wide. Eggs
are 39 . to 42 W by 25 p to 27 w318,
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Hosts. Cheilospirura spinosa has been reported under
the koilin layer of the gizzard in game birds, including
grouse, partridges, pheasants, quail, and turkeys'?!.

Life Cycle. The life cycle of C. spinosa is similar to
that of C. hamulosa. Grasshoppers serve as the intermedi-
ate host. Worms reach maturity in the avian host 32 days
after ingestion of the intermediate host!3! 184,

Pathologic Effects and Clinical Disease. Mild infec-
tions are usually nonpathogenic. Heavy infection results in
hemorrhages of the gizzard lining. Clinical signs are generally
not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. spinosa in the feces or adult
worms in the gizzard. Treatment is not warranted. Because
C. spinosa requires an intermediate host, control of the
intermediate host helps prevent future infections.

Public Health Considerations. Cheilospirura spinosa
does not infect humans.

Cyrnea colini

Morphology. Cyrnea coli is a member of the family
Habronematidae. Adult worms are slender, yellowish, and
resemble Cheilospirura hamulosa. Adults have four lips
which bear four papillae'?!. Males measure 6 mm long by
250 p wide, and have a 58- deep buccal cavity, 10 pairs of
pedunculated papillae, and two distinct spicules—
one 2-mm long and the other 365-p to 400-p long.
Females measure 14 mm to 18 mm long by 315 w wide,
and have a 75- deep buccal cavity. Eggs measure 40.5
by 22.5 w3

Hosts. Cyrnea colini has been reported in the proven-
triculus, especially near the junction with the gizzard, in
chickens, grouse, prairie chickens, quail, and turkeys'°.

Life Cycle. Eggs are passed in the feces and are
ingested by the cockroach, Blatella germanica’®'. The
C. colini larvae mature in the cockroach 18 days after being
ingested. Mature worms can be found in the bird 41 days
after ingesting the intermediate host'?!.

Pathologic Effects and Clinical Disease. Cyrnea col-
ini is nonpathogenic. Thus, clinical signs are not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. colini in the feces or adult worms
in the proventriculus. Treatment is not needed, since
C. colini is nonpathogenic. Because the cockroach is
the intermediate host, its control prevents completion of
the C. colini life cycle.

Public Health Considerations. Cyrnea colini does
not infect humans.
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Dispharynx nasuta

Morphology. Dispharynx nasuta is a member of the family
Acuariidae. Male worms measure 7 mm to 8.3 mm long by
230 w to 315 p wide, and possess four pairs of pre-anal
and five pairs of post-anal papillae. Males also have a
400-p long slender, curved spicule and a shorter, 150-p
long spicule. Females measure 9 mm to 10.2 mm long by
360 p to 565 w wide. Eggs are embryonated when passed
in the feces'!.

Hosts. Dispharynx nasuta has been reported in the
proventriculus, esophagus, and small intestine of chickens,
grouse, guinea fowl, partridges, pheasants, pigeons, quail,
turkeys, princess parrots (Polytelis alexandrae), mourning
doves, and numerous passerines”!!.

Life Cycle. Embryonated eggs are passed in the feces,
where they are ingested by pill bugs (Armadillidium
vulgare) or sow bugs (Porcellio scaber), which serve as inter-
mediate hosts of D. nasuta. Within four days after
ingestion, larvae escape and are found in the tissues of the
intermediate host’s body cavity, and they mature into
infective larvae by 26 days. Upon ingestion of the inter-
mediate host, the larvae reach sexual maturity in the avian
host and begin to pass embryonated eggs by day 27 after
ingestion'?!.

Pathologic Effects and Clinical Disease. In heavy
infections, ulceration is seen in the proventriculus, and the
proventricular wall becomes thickened and macerated'!.
Worms burrow into the mucosa, and can be found under
the thickened proventricular tissue'®!. Lesions consist of
multifocal petechial hemorrhages, excess mucus, mononu-
clear infiltrates, and epithelial desquamation from passer-
ines. Affected birds may become emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of D. nasuta eggs in the feces or adult
worms in the proventriculus. Mebendazole has shown
some efficacy against D. nasuta. Because an intermediate
host is required for the D. nasuta life cycle, control of
the intermediate host is necessary for the prevention of
future infections.

Public Health Considerations. Dispharynx nasuta
does not infect humans.

Echinura uncinata

Morphology. Echinura uncinata is similar in appearance
to Cheilospirura and Dispharynx. Adult male worms mea-
sure 8 mm to 10 mm long by 300 w to 500 w wide, and
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have two dissimilar spicules (one measuring 700 p to 900
i long and the other measuring 350 p long). Females
measure 12 mm to 18.5 mm long by 515 p wide, and pos-
sess a 250- long tail. Eggs measure 28 . to 37w by 17
to 23 W, and are embryonated when laid in the feces'3!.

Hosts. Echinura uncinata has been reported in the
esophagus, proventriculus, gizzard, and small intestine of
ducks, geese, swans, and other birds'?!187,

Life Cycle. Embryonated eggs are passed in the feces,
and are ingested by water fleas (Daphnia spp.). Larvae
become infective in 12 to 14 days. After these infected
water fleas are ingested by the definitive avian host, larvae
reach maturity and begin to lay eggs within five days after
ingestion'3!.

Pathologic Effects and Clinical Disease. Following
infection, mucosal nodules develop at the sites of worm
attachment. Caseated pus may be associated with these
nodules'!. The surface of the proventriculus may become
covered by a thick exudate containing heterophils and
mononuclear cells'®”. Affected birds become emaciated
and appear lethargic. Some birds may be asymptomatic'®!.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of E. uncinata in the feces or adult
worms in the intestines. Treatment protocols have not
been developed for E. uncinata. Because water fleas serve as
the intermediate hosts reducing exposure to them prevents
future infections.

Public Health Considerations. Echinura uncinata
does not infect humans.

Gongylonema ingluvicola

Morphology. Gongylonema ingluvicola bears shield-like
markings over the body. The male measures 17 mm to
20 mm long by 224 . to 250 . wide, has a variable number
of genital papillae, and has two dissimilar spicules (17 mm
to 19 mm long by 7 p to 9 . wide with a barbed point,
and 100 w to 120 w long by 15 w to 20 p wide). Females
measure 32 mm to 55 mm long by 320 p to 490 p
wide!3!,

Hosts and Life Cycle. Gongylonema ingluvicola has
been reported in the crop, esophagus, and proventriculus
of chickens, partridges, pheasants, quail, and turkeys'!.
Details of the life cycle of G. ingluvicola are lacking, but it
involves a beetle (Copris minutus) or cockroach as an inter-
mediate host!3!.

Pathologic Effects and Clinical Disease. Although
burrows can be formed in the crop mucosa, there is
minimal pathologic damage with G. ingluvicola. Because the
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pathologic effects of G. ingluvicola are minimal, clinical
disease is rarely reported.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of G. ingluvicola in the feces or adult
worms in the upper gastrointestinal tract, proximal to the
proventriculus. Treatment is not needed because clinical
signs are rarely observed. Because the life cycle of G. inglu-
vicola involves an intermediate host, its control prevents
future infections.

Public Health Considerations. Gongylonema inglu-
vicola has not been reported in humans.

Oxyspirura mansoni

Morphology. Oxyspirura mansoni (avian eyeworm) has a
circular mouth surrounded by a chitinous ring with six
lobes and papillae located in each of the clefts of this
ring''. Oxyspirura mansoni also has three pairs of teeth
(two subdorsal pairs and one subventral pair). Male worms
are 8.2 mm to 16 mm long by 350 p wide, and have a
curved tail, six pairs of papillae (four pre-anal pairs and
two post-anal pairs), and two dissimilar spicules (3 mm to
4.55 mm long and 180 W to 240 w long). Females measure
12 mm to 20 mm long by 270 w to 430 p wide. Eggs
measure 50 p to 65 p by 45 ., and are embryonated when
passed in the feces'!.

Hosts. Oxyspirura mansoni has been reported in the
nictitating membrane, conjunctival sacs, and nasolacrimal
ducts of chickens, ducks, grouse, guinea fowl, peafowl,
pigeons, quail, turkeys, and numerous free-living
birds!31188,

Life Cycle. Embryonated eggs of O. mansoni pass in
the feces and are ingested by the cockroach intermediate
host. Larvae develop in the cockroach body cavity to
become infective around 50 days''. Larvae encyst in the
adipose tissue or alimentary tract. These larvae can also
remain free in the body cavity or legs of the cockroach.
After the cockroach is ingested by the avian host, the
infective larvae are released in the crop, migrate up
the esophagus to the mouth to enter the nasolacrimal duct,
and finally to the conjunctival sac and nictitating mem-
branes of the eye. Adult worms shed embryonated eggs into
the tears, where they are swallowed and passed out with the
feces'!.

Pathologic Effects and Clinical Disease. Infection
leads to ophthalmia and swollen nictitating membranes.
Affected birds may scratch at their eyes. Moreover, the
nictitating membrane is swollen and protrudes out of the
corner of the eye. Eyelids can also stick together and white



PARASITES OF BIRDS

debris can be present under these eyelids. Severe infections
can result in the loss of an eye!3!.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of O. mansoni in the feces or adult
worms in the eye. Specific details on effective treatment
regimens of O. mansoni are lacking. Because the cockroach
is the intermediate host of O. mansoni, its control helps
prevent future infections.

Public Health Considerations. Oxyspirura mansoni

has not been reported in humans.
Oxyspirura petrowi

Morphology. Oxyspirura petrowi is a member of the family
Thelaziidae. Adult worms have seven pairs of cephalic
papillae (four submedian pairs and three circumoral pairs).
Male worms are 6.3 mm to 8.6 mm long by 185 w to
330 w wide and have a 121-p to 320-p long slender
spicule with a sharp tip. Females measure 7.7 mm to 12.3
mm long by 200 w to 455 w wide. Eggs measure 35 p to
44 wby 15 pto 31 '3l

Hosts and Life Cycle. Oxyspirura petrowi has been
reported in the nictitating membrane of grouse, pheasants,
and prairie chickens'!. The life cycle of O. petrowi is
similar to that of O. mansoni.

Pathologic Effects and Clinical Disease. The patho-
logic effects and clinical disease caused by O. petrowi are
similar to those of O. mansoni.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of O. petrowi in the feces or adult
worms in the eye. Specific details on effective treatment
regimens for O. petrowi are lacking. Because the life cycle
of O. petrowi involves the cockroach as an intermediate
host, its control prevents future infections.

Public Health Considerations. Oxyspirura mansoni
has not been reported in humans.

Tetrameres americana

Morphology. Tetrameres americana, the “stomach” or “glob-
ular stomach” worm has three small lips surrounding a buc-
cal cavity. Adult worms are sexually dimorphic!®'. Males
measure 5 mm to 5.5 mm long by 116 . to 133 . wide, and
have two rows of posteriorly directed spines that extend the
length of the body, cervical papillae, a long and slender tail,
and spicules measuring either 100 . long or 290 . to 312
long. Females measure 3.5 mm to 4.5 mm long by 3 mm
wide and are globular in shape. Females are also red in color
and have four longitudinal furrows. Eggs measure 42 p to 50
W by 24 p and are embryonated when passed in the feces'!.
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Hosts. Tetrameres americana has been reported in the
proventriculus of chickens, ducks, grouse, pigeons, quail,
and turkeys'!.

Life Cycle. The red, globular-appearing adult female
worms may be observed through the serosal surface of the
proventriculus, while the males are primarily observed on
the mucosal surface. Embryonated eggs are passed in the
feces and later ingested by an intermediate host'®4. Inter-
mediate hosts include grasshoppers (Melanoplus femur-
rubrum and M. differentialis) and a cockroach (Blatella
germanica)'®*. Following ingestion of the intermediate
host, S. americana larvae escape and develop to the adult
stage. Adult female worms enter the gastric glands to mate
and lay eggs around 45 days post-ingestion!®4.

Pathologic Effects. Following infection, the walls of
the proventriculus may become markedly thickened'!.
Multiple dark red nodules, 2 mm to 6 mm in diameter,
may be present on the proventricular wall'®. Adult worms
within the fundic glands may result in compression of the
walls and glands'®.

Clinical Disease. Affected birds may not show any
clinical disease. However, heavily infected birds are anemic
and emaciated!. Affected pigeons also develop lethargy,
vomiting, weight loss, diarrhea, and pale skin!?%18%190,

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the feces or adult worms in the
proventriculus. Piperazine has been used to treat 7. fissipina
and would likely be effective for 7 americana. Because
1 americana is immediately infective to the intermediate
host, control of the intermediate host helps prevent future
infections.

Public Health Considerations. Zezrameres americana
is not infectious to humans.

Tetrameres crami

Morphology. ZTetrameres crami is smaller than 7. americana.
Adult males measure 2.9 mm to 4.1 mm long by 70 W to
92 w wide. Two forms of spicule may be found in the
males. One is curved and measures 136 p to 185 w long
and the other is twisted and measures 272 . to 350
long. Female worms measure 1.5 mm to 3.3 mm by 1.2
mm to 2.2 mm wide and have a 113-p to 156- long tail.
Eggs measure 41 p to 57 p by 26 w to 34 w and are
embryonated when passed in the feces'?!.

Hosts and Life Cycle. Tezrameres crami has been
reported in the proventriculus of both free-living and
domestic ducks'!. The life cycle of 7' crami is similar
to that of 7' americana, and involves an amphipod
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(Gammarus fasciatus and Hyalella knickerbock) intermediate
host'%2. Tetrameres crami larvae become infective to the
duck 29 days after ingestion by the intermediate host.
In the duck, 7" crami matures around 33 days after inges-
tion of the amphipod'®%.

Pathologic Effects and Clinical Disease. Pathologic
changes have not been described. Heavy infections may
result in emaciation.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying 7. crami eggs in the feces or adult worms in
the proventriculus. Piperazine has been used against
Tetrameres fissispina and would likely be effective for
1. crami. Because 1. crami is immediately infective to the
intermediate host, control of the intermediate host will
help to prevent future infections.

Public Health Considerations. Tetrameres crami is
not infectious to humans.

Tetrameres fissispina

Morphology. Tetrameres fissispina is similar in appearance
to 1. americana. Adult males measure 3 mm to 6 mm long
by 90 w to 200 p wide, and have four rows of spines and
spicules that measure either 280 w to 490 p or 82 w to
150 p long. Females measure 1.7 mm to 6 mm long by
1.3 mm to 5 mm wide and have a 71- long tail. Eggs
measure 48 W to 56 p by 26 w to 30 w and are embry-
onated when passed in the feces'?!.

Hosts and Life Cycle. Zezrameres fissispina has been
found in the proventriculus of free-living and domestic ducks
and geese, and in chickens, guinea fowl, pigeons, quail, and
turkeys'?!. The life cycle of 7. fissispina is similar to that of
1. americana, and includes amphipods, cockroaches, earth-
worms, and grasshoppers as intermediate hosts'*°. Tetrameres
fissispina larvae become infective to birds 10 days after
ingestion by the intermediate host. In the bird, larvae mature
in 18 days'?!. Fish may also serve as a paratenic host!°.

Pathologic Effects and Clinical Disease. Following
infection, the proventriculus becomes thickened, and there
is degeneration, edema, and leukocytic infiltration of the
proventricular glands, as well as catarrhal enteritis!?3194,
Affected birds are emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying 7. fissispina eggs in the feces or adult worms in
the proventriculus. Piperazine is an effective treatment.
Because 7. fissispina is immediately infective to the
intermediate host, its control helps prevent future infections.

Public Health Consideration. Zezrameres fissispina is
not infectious to humans.

FLYNN’S PARASITES OF LABORATORY ANIMALS

Tetrameres pattersoni

Morphology. Tetrameres pattersoni is similar in appearance to
1" americana''. Females are red and are found in the proven-
tricular glands, whereas the males are on the proventricular
mucosal surface. Males measure 4.2 mm to 4.6 mm long by
140 . to 170 . wide, and have two rows of spines along the
body and one spicule. Female worms measure 5 mm long by
2 mm to 2.3 mm wide, and have an enlarged area between
the vulva and anus. Eggs are 42 p to 46 w by 25 . to 30
and are embryonated when passed in the feces'?!.

Hosts and Life Cycle. Tetrameres pattersoni has
been reported in quail’®'. The life cycle of 7. pattersoni is
similar to that of 7. americana, and includes intermediate
hosts such as grasshoppers (Melanoplus femurrubrum or
Chortophaga  viridifasciata) or cockroaches (Blatella
germanica)'®.

Pathologic Effects and Clinical Disease. Following
infection, the proventricular walls may become thickened.
Affected birds can be emaciated.

Diagno