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PREFACE TO THE 
FIRST EDITION

ALTHOUGH much is known about the parasites of laboratory animals, information
is often lacking and what is available is scattered. It is the purpose of this book to
gather what is known in this field so that it is readily accessible to those who need it,
and to point out what is not known.

Some of the stated deficiencies in our knowledge are probably incorrect in that
the information is available but either has been overlooked or has not been published.
It is hoped that these incorrect statements will stimulate persons with contrary infor-
mation to point out the error or to divulge previously unpublished data.

It is also recognized that in a work of this sort, other errors are likely. It would be
appreciated if these are pointed out so that they can be corrected in future editions,
should the reception of this book warrant future revisions.

Many people helped write this book. A draft of each chapter was first prepared by
the appropriate collaborator and then rewritten by me. The rewriting was done pri-
marily to emphasize laboratory animals and secondarily to provide uniformity of style.
The rewritten chapter was then reviewed by the collaborator and, in some cases, by
others. Thus, each chapter in the book represents a joint effort of at least two people
and, in some cases, of several.

Many people, besides the collaborators, assisted in the preparation of this vol-
ume. These include persons who reviewed chapters or parts of chapters, furnished
illustrations, made literature searches and helped or advised in various ways. 

The parasites described are those that occur spontaneously. Experimentally
induced conditions are mentioned only if they are of special significance. No attempt
is made to include the parasites of all domestic and wild animals. As a general rule,
those of the common laboratory animals (mouse, rat, hamster, guinea pig, rabbit, dog,
cat, rhesus monkey, and chicken) are all included, but for the less common species
(such as other rodents, other primates, reptiles, amphibians, and fishes), only the com-
monest parasites of the animal species most likely to be used in the laboratory are
described. Agents that occur only in domestic animals of agricultural importance are
not described, even though these animals are sometimes used in the laboratory, as this
information is readily available elsewhere.



Except for a few rare or uncommon animals, the common name only is used in
the text. Although this may appear unscientific, the repeated use, for example, of
Mesocricetus auratus, when one means the usual laboratory hamster, and Oryctolagus
cuniculus, when one means the laboratory rabbit, is undesirable. Also, scientific names
sometimes change, but common names tend to remain the same. Great care was taken
to ensure that the scientific name is given for every common name that appears in the
text, and that the common name is specific. Authorities used to determine the appro-
priate names are cited.

It is my sincere hope that the usefulness of this book will justify the efforts of all
who helped prepare it.

ROBERT J. FLYNN

x PREFACE TO THE FIRST EDITION



xi

PREFACE TO THE 
SECOND EDITION

IN the more than 30 years since publication of the first edition of this seminal text,
dramatic changes have occurred in the fields of laboratory animal medicine and para-
sitology.  Improvements in laboratory animal production, husbandry, transportation,
veterinary care, diagnostics, and treatment, have resulted in dramatic declines in the
prevalence of organisms causing parasitic diseases. Nowadays, commercially produced
laboratory animals are free of nearly all unwanted organisms, including parasites.
Modern facility design and husbandry practices preclude most infections or infesta-
tions. This is particularly true for parasites with indirect life cycles.

So, with all of these improvements, why is a new edition of this text warranted?
Several reasons may be offered. First, in spite of the improvements in the components
of animal care listed above, parasites continue to be found in and on laboratory ani-
mals. There are several possible reasons: infections or infestations were never com-
pletely eliminated from particular facilities; were inadvertently imported with
incoming animals, either as a result of contamination during shipment or because par-
asitism was enzootic at the original location; entered the facility from feral animals in
the local environment; or were carried in or on personnel and transferred to colony
animals.

A second justification for revising the first edition is that animals in the wild are
occasionally still collected and brought into the animal facility. While quarantine pro-
cedures should prevent transmission of parasites from wild to laboratory stock, trans-
mission nevertheless occasionally occurs. Thirdly, the tremendous rise in the use of
transgenic animals, some of which are immunologically compromised, provides
opportunity for infections and/or infestations to take hold where such would not be
the case with immunologically competent animals. 

Finally, newer diagnostic and therapeutic approaches to controlling parasitism are
available. These may facilitate discovery and elimination of unwanted pathogens. In
addition to changes in the field of laboratory animal medicine, the field of parasitol-
ogy has undergone radical changes. Here, changes have been most profound in the
areas of diagnostics and treatment. 

The stated purpose of the first edition was to gather into one source, what was
known about the parasites of laboratory animals so that it was readily accessible to



those who needed it, and to point out gaps in our knowledge of parasites and the
diseases they cause. The purpose of this second edition is essentially the same, with the
additional significant task of updating information in a field that has advanced sub-
stantially, parasitology of laboratory animals. 

As with the first edition, many people contributed to this monumental work. Fore-
most among them are the chapter authors. Their efforts are greatly appreciated. In addi-
tion, all chapters were subjected to peer review. On behalf of the authors, I offer thanks
to the reviewers for their many valuable suggestions for improving early drafts. Others
contributed illustrations, photographs, or conducted literature searches. These too are
greatly appreciated. Lastly, we want to give special thanks to Drs. P. Coan, R. Ermel, S.
Feldman, and D. McClure. They constituted an advisory committee charged with assist-
ing the Editor-in-Chief in critically evaluating the first edition, in an effort to identify, if
possible, areas in which the second edition could be even more valuable than the first. 

The breadth and scope of the original edition has been retained, thereby ensuring
continued usefulness to the widest possible readership, including bonafide parasitolo-
gists. Introductory chapters have been added, beginning with a chapter on modern
diagnostic techniques.  The next five chapters present overviews of parasite biology.
These should help the reader to better understand information presented in the host-
specific chapters. Most significantly, the text has been entirely reformatted, in an
attempt to improve utility and readability. The informational content has been reor-
ganized into chapters based on vertebrate host.  Parasites are presented phylogeneti-
cally within chapters. In addition, information included in comprehensive tables from
the first edition has been updated, organized by host body system, and reformatted to
coincide with host chapters. Finally, a formulary of drugs, uses, dosages, routes, and
mechanisms of action, has been added as an appendix.  It is hoped that these changes
will increase the usefulness of an already highly valuable reference text.

DAVID G. BAKER

xii PREFACE TO THE SECOND EDITION
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Collection, Preservation, and 

Diagnostic Methods
Pat H. Smith, BS; Seklau E. Wiles, MSc; John B. Malone, Jr., DVM, PhD; 

and Cliff M. Monahan, DVM, PhD

1



INTRODUCTION

As the scope of this book indicates, the term “laboratory
animal” can encompass virtually any animal species used
in research. The parasite fauna of such a wide spectrum of
hosts seems unlimited. However, within phyla, parasites
share many traits. The purpose of this chapter is to
describe diagnostic methods useful for parasite phyla likely
to be encountered in the research animal environment.

Most laboratory animal facilities should be capable of
performing most of the fundamental techniques outlined
in this chapter. Performing any of these techniques cor-
rectly and reliably requires expertise developed through
repetition. For uncommon techniques or obscure para-
sites, it is often more expedient to send samples to a labora-
tory with more extensive diagnostic capabilities. Several
resources are available for more complete treatment of
diagnostic techniques1–3.

SAMPLE COLLECTION AND 
PRESERVATION

Feces

Number of Samples to Collect

The number of samples to be collected depends on several
factors, including the source and health status of the ani-
mals, available financial resources, and the parasite phyla
likely to be encountered. For routine screening of an
asymptomatic animal, a single sample should suffice. For
newly arrived animals with potential parasite exposure or
questionable health history, or for symptomatic animals
within the colony, sequential fecal examinations are war-
ranted. These are typically performed over three days.

Most nematode infections are easily identified with a
single fecal examination because the female worms pass
hundreds to thousands of eggs per day. In contrast, low
level trematode, cestode, or protozoal infections may not
be detected with a single examination because eggs or
oocysts may not be passed continuously or daily, or in
great number. In these cases, collecting fecal specimens
passed on three sequential days will increase diagnostic
power. To assess the parasite status of a group of animals,
30 animals or 10% of the group, whichever is greater,
should provide adequate sampling coverage.

Sample Collection

Proper collection and preservation methods are critical for
finding fecal parasites. A fresh fecal sample, collected rectally
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or just dropped, is optimal. When feces must be collected
from the ground, the specimen should be taken from the
middle of the dropping. This will minimize contamination
with organisms from the environment. When sampling a
group of animals, individual samples should be collected
and tested separately. Mixing samples may mask or underes-
timate the true extent of infection, because parasites are not
evenly distributed within host populations. Collected speci-
mens should be placed in clean, wide-mouth plastic con-
tainers with screw-top lids, or in sealable plastic bags. Using
a permanent marker, specimens should be properly identi-
fied with animal identification, date of collection, and
species of animal. Specimens should be refrigerated as soon
as possible, unless direct smears are to be prepared for the
detection of motile protozoa. If collections are made in the
field, specimens may be placed among refrigeration packs.

Sample Preservation

Specimens which will not be immediately processed
should be immersed in a suitable fixative. The choice of
fixative depends on the tests to be performed (Table 1.1).
Often, an initial fecal examination is performed on a fresh
sample. Positive test results then direct the diagnostician to
the appropriate fixation medium for additional testing of
the remainder of the sample.

1
2
3
4
5
6
7
8
9
10
1
2
3
4
5
6
7
8
9
20
1
2
3
4
5
6
7
8
9
30
1
2
3
4
5
6
7
8
9
40
1
2
3
4
5
6
7
8mn

TABLE 1.1 Common fixatives and applications

Fixative Applications

Formalin 2% in distilled water for modified Knott’s 
recovery of microfilariae

5–10% for concentration techniques 
(formalin-ethyl acetate; flotations and 
centrifugations)

Cryptosporidium and Giardia antigen tests
Not useful for making permanent mounts of most 

staining procedures

Schaudin’s fluid Permanent mounts of protozoa stained with 
trichrome or iron hematoxylin

Polyvinyl alcohol Permanent mounts of protozoa stained
(PVA) with trichrome or iron hematoxylin

Sodium acetate- Concentration techniques (formalin-
acetic acid- ethyl acetate; flotations and centrifugations)
formalin (SAF) Permanent mounts of protozoa stained with

trichrome or iron hematoxylin

Merthiolate-iodine- Wet mounts or direct smears 
formalin Formalin-ethyl acetate sedimentation

Limited use for staining of permanent mounts

Adapted from Ash and Orihel (1991) and Garcia (2001).



When sending samples to a commercial diagnostic
laboratory, the protocol for preserving and shipping samples
should be obtained prior to collection of samples. By adher-
ing to these guidelines, the likelihood of an accurate diagno-
sis is maximized, and regulatory standards for shipping
potential pathogens can be met. Pre-measured fixative vials
are available for all of the fixatives described below, and sim-
plify sample processing.

Regardless of the fixation method to be used, sample
quality can be improved with centrifugation, or sieving
followed by sedimentation. These methods remove water-
soluble pigments and debris, and concentrate parasite
forms. Diarrheic samples will benefit most by concentra-
tion. Ethyl acetate extraction is also useful for removing
excess lipid. Once washed or cleaned, droplets of the
unfixed sediment can be placed on slides for immediate
examination or dried for staining and the remainder of the
pellet fixed for shipment to a reference laboratory if neces-
sary. Regardless of the fixative used, samples must be well
mixed to ensure complete and uniform fixation of the
specimen.

Formalin
Formalin is a readily available fixative that rapidly kills
most pathogens, thus decreasing the zoonotic concerns of
handling fecal samples. Formalin is not suitable for identi-
fying whole helminths because it makes worms brittle and
may interfere with special stains. Formalin fixation also
may change the density of parasite structures such that
recovery with flotation solutions is decreased. Flotation
solutions of higher specific gravity (1.23–1.25) provide
optimal recovery of formalin-fixed helminth eggs. Many
fecal antigen tests are designed for use with formalin-fixed
specimens, but this is not universal and must be verified
before use. Also, formalin fixation results in cross-linking
of many proteins associated with DNA. This may preclude
using formalin-fixed specimens in polymerase chain
reaction (PCR)-based assays. For fixation of fecal samples,
5% to 10% neutral buffered formalin solutions (NBF) are
most commonly used.

Schaudin’s fluid
Schaudin’s fluid or fixative is used in-house and for fixing
specimens in preparation for shipment. Droplets of a mix-
ture of fresh feces and Schaudin’s fluid can be applied
directly to microscope slides for drying, then staining.
Schaudin-fixed samples are not used in concentration pro-
cedures. Specimens can be fixed when passed, or can be
prewashed as described below. The latter concentrates
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parasite forms. Schaudin’s fixative provides excellent
morphological preservation of trophozoites and amoebic
cysts. Schaudin-fixed samples do not adhere well to glass
slides, and so must be handled gently. Also, Schaudin’s fix-
ative contains mercury and therefore must be handled with
caution. Newer preparations are available that employ zinc
or copper as a substitute. While there may be a slight
decline in the preservation of protozoal morphology, such
as the chromatin pattern of amoebic cysts, handling and
disposal of reagents with zinc or copper are less problem-
atic than for reagents containing mercury.

Polyvinyl alcohol
Polyvinyl alcohol (PVA) was developed to overcome
specimen adherence problems of Schaudin’s fixative.
While PVA fixation optimizes staining of some parasites,
particularly intestinal protozoa, other fixatives are pre-
ferred for concentration procedures. Because PVA is car-
cinogenic, it must be handled with caution.

Merthiolate-iodine-formalin
Merthiolate-iodine-formalin (MIF) is commonly used
for fecal specimens to be examined as direct wet mounts or
following concentration techniques. It is not useful for
preparing permanent mounts or for fixing specimens prior
to staining. This fixative will also inactivate most
pathogens.

Sodium acetate-acetic acid-formalin
Sodium acetate-acetic acid-formalin (SAF) is a good com-
promise fixative for shipment of samples destined to be
processed either as permanent stains or concentration pro-
cedures. There may be a slight decline in protozoal
integrity compared to the use of Schaudin’s or PVA, but
SAF does not contain mercury. Samples fixed with SAF
can be stained with iron hematoxylin or trichrome stains.

Blood

Blood-borne parasites include the protozoan hemopara-
sites and the microfilariae (MF) of filarid nematodes, both
of which benefit from collection of blood with an antico-
agulant. Blood samples are also collected in tubes lacking
anticoagulant, for use for antigen and antibody tests. Pro-
tozoan hemoparasites are typically identified by micro-
scopic examination of stained blood smears. Thin films
can be prepared immediately or from preserved whole
blood. Most staining procedures can be performed on
films that have been fixed with methanol. Although MF
can often be found on blood films, adequate visualization



is difficult for identification to genus or species. Samples of
blood with an anticoagulant are necessary because the MF
cannot be removed from a clot for staining.

Collecting adequate blood from small animals can be
problematic. Following venipuncture, blood can be drawn
into a single hematocrit tube from which a blood smear
can immediately be made. The remainder can be cen-
trifuged for determination of packed cell volume. The tube
can then be scored and broken at the buffy coat for recov-
ery of MF, and the small quantity of serum or plasma can
be harvested for serology.

Urine

Urine samples can be collected and centrifuged to concen-
trate helminth eggs or microsporidia. These can be stored
in saline and refrigerated for days if they cannot be exam-
ined immediately. For longer periods, fixation with
10% NBF or 70% ethanol and 5% glycerin are useful
preservatives.

Tracheal Lavage Samples

Tracheal lavage samples should be collected from deep
within the respiratory tract, using sterile saline. Lavage
samples can be viscous in nature, and high viscosity can
interfere with sample processing. Viscous samples should
be mixed with a solution of 3% sodium hydroxide in
saline, then centrifuged to concentrate parasite forms.
Very thick mucus plugs can be subjected to ethyl
acetate sedimentation as described for fatty fecal samples.
Following centrifugation, samples can be preserved in
10% NBF, 70% ethanol (for helminths), or PVA fixative
(for protozoa).

PARASITE COLLECTION AND 
PRESERVATION

Helminths

Helminths collected during necropsy examinations or
passed directly by animals should be placed immediately
into a container of 70% ethanol heated to 60°C to 63°C.
This treatment will cause the helminths to straighten. Also,
adult cestodes and acanthocephalans will protrude the ros-
tellum or proboscis, respectively. Worms can then be trans-
ferred to 70% ethyl alcohol and 5% glycerin for long-term
storage.
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Arthropods

Macroscopically visible arthropods should be placed into
70%–90% ethanol. Formalin should not be used because
fixation in NBF renders arthropods brittle. Skin scrapings
can be collected directly onto microscope slides bearing a
drop of mineral oil. However, initial processing with 10%
potassium hydroxide (KOH) will facilitate visualization of
arthropods by rendering the keratin more transparent.
External parasites may frequently be recovered on clear
adhesive tape that is brushed across the animal’s fur, then
adhered to a microscope slide.

FECAL EXAMINATION TECHNIQUES

Direct Smear Method

The direct smear is used only with samples in which motile
trophozoites are suspected. The small quantity of sample
employed is inadequate for other diagnostic procedures.
The fecal sample should be either loose stool or diarrhea.
Formed feces are unlikely sources of trophozoites, since
under such conditions trophozoites either dehydrate and
become distorted or form cysts during normal intestinal
transit. Specimens must be examined immediately, before
low external temperatures decrease trophozoite motility.
Refrigeration of fecal samples renders trophozoites non-
motile and should not be used prior to preparing direct
smears.

Materials
• Microscope slide and coverslip
• Saline
• Fecal loop or applicator stick
• Lugol’s iodine

Method
1. Place a drop of saline on one end of a microscope slide

and a drop of Lugol’s iodine on the other.
2. Add a small quantity of fresh fecal specimen first to the

saline drop and mix thoroughly, then transfer a small
amount of the specimen to the Lugol’s iodine drop.

3. Place a coverslip over each mixture.
4. Examine the saline/sample side first, with the light

adjusted for ample contrast. Do not mistake Brownian
motion for motility. Examine the entire coverslip
using the 10 � objective, then 20 fields using the 40 �
objective.

5. Examine the drop with Lugol’s iodine for comparison.



Interpretation
The direct smear is a method for finding motile tropho-
zoites. The quantity of sample used is so small that this
method is not likely to accurately reflect the range of para-
sites which may be discovered using a concentration tech-
nique. Even when a direct smear is found to be positive, a
concentration technique is still warranted to detect addi-
tional parasite forms. Not all protozoa observed in direct
smears are parasitic, and therefore responsible for the clini-
cal signs observed. During bouts of loose stool or diarrhea,
intestinal or cecal protozoa can be expelled that are not
normally seen during fecal examinations of asymptomatic
animals. This is particularly true with herbivores, includ-
ing reptiles and amphibians, because several ciliates and
flagellates participate in digestion. Unwarranted treatment
of these protozoa may alter the normal intestinal flora and
prolong the symptoms.

Fecal Concentration Methods

The recovery of fecal parasites is enhanced by concentra-
tion procedures. These include flotation and sedimenta-
tion techniques, both of which depend on differences in
specific gravity (sg) between the parasite form and the sur-
rounding solution. Flotation techniques concentrate para-
sites by employing hypertonic solutions so that parasite
forms rise to the surface of the flotation solution, while
most debris fall (Table 1.2).

Sedimentation techniques employ solutions less dense
than the parasites, so that parasite forms concentrate at the
bottom of the collection vessel. Sedimentation methods
generally allow for the recovery of more parasites than do
flotation methods. With sedimentation, everything can be
recovered, whereas with flotation techniques only those
items of lower specific gravity than the flotation medium
are recovered. Sedimentation techniques also are more eas-
ily performed in the field. In contrast, sedimentation has
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the disadvantage of greater debris, which can complicate
examination. Furthermore, when examining sediment,
one must focus through multiple focal planes because par-
asite forms will drift at different levels within the solution
between the slide and the coverslip. This results in longer
examination time, versus flotations.

Passive Flotation

Passive flotation relies solely on gravity to separate parasites
and debris, and is therefore much less sensitive than cen-
trifugal flotation (discussed below). The densities of many
parasite forms are too similar to those of the common
flotation media to be recovered without the added force
provided by centrifugation.

Although both zinc sulfate or sodium nitrate solutions
can be used, zinc sulfate is preferable to sodium nitrate
because the latter is more caustic and will degrade many
helminth eggs, as well as protozoan cysts. Additionally,
sodium nitrate solutions crystallize more quickly than zinc
sulfate, and crystallization can distort parasitic structures.

Common mistakes in performing passive flotation
include setting up multiple samples at one time and reading
each sample as time permits. This results in nonuniformity
in flotation time, and greater potential for crystallization to
render slides unreadable. To minimize crystallization, slides
may remain in place on top of the flotation apparatus until
they are ready to be read. However, exceeding the recom-
mended 15-minute flotation may result in salt solutions
equilibrating with the internal milieu of the egg or oocyst,
either by passive diffusion or by extraction of water into the
hypertonic float solution through osmotic forces. As a
result, eggs or oocysts will become distorted and no longer
buoyant, and may fall away from the microscope slide.
False negative results are more often obtained with the last
slides to be read.

If zinc sulfate solution is used, all of the slides could
be removed and coverslips applied at the 15 minute time
point. Slides should then be placed on a rack in a simple
humidified chamber to decrease the rate of crystal forma-
tion (Figure 1.1). These slides can be removed from the
chamber and read as soon as possible, or the chamber
placed in a refrigerator to be read later in the day. All salt
solutions will crystallize, thus the timing of microscopy is
very important.

Materials
• Pill vial or sputum jar
• Small petri dish or watch glass

TABLE 1.2 Common flotation solutions.

Solution Specific Gravity Ingredients/1 L H2O

Sodium chloride 1.20 311 g sodium chloride
Sodium nitrate 1.20 338 g sodium nitrate
Sodium nitrate 1.30 616 g sodium nitrate
Sugar 1.20 1170 g sugar*
Sheather’s sugar 1.27–1.30 1563 g sugar*
Zinc sulfate 1.20 493 g zinc sulfate

*Requires refrigeration of stock solution or addition of 9 ml phenol as
preservative



• Disposable cup
• Applicator sticks
• Flotation medium (1.20 sg)
• Microscope slides and coverslips
• Tea strainer

Method
1. Place 2 to 3 g of fecal sample in the disposable plastic

cup using the applicator sticks.
2. Add a small quantity of flotation medium and mix

into a slurry.
3. Continue adding flotation medium, stirring to mix

thoroughly.
4. Place the pill vial in the small petri dish as a guard

against overflow.
5. Pour the mixture through the tea strainer into the pill

vial, stirring with the applicator sticks to facilitate
flow through the strainer.

6. Add drops of the float medium until a slight, bulging
meniscus forms above the rim of the vial.

7. Place the microscope slide on top of the meniscus.
8. Allow 15 minutes for parasite forms to rise to the

surface.
9. Gently lift the slide from the pill vial, invert the slide,

and place a coverslip on the droplets of sample adher-
ing to the slide.

10. Examine the entire coverslip using the 10 � objective,
followed by 20 fields using the 40 � objective.
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Interpretation
Passive flotation can be used effectively when the techni-
cian understands the limitations of the technique. Only a
small subset of parasite forms will be recovered even when
the technique is performed optimally. Strongyle-type eggs
and coccidian oocysts are often passed in sufficient num-
bers that the poor sensitivity of passive flotation is over-
come during routine fecal screening. Other parasite forms
may not be sufficiently recovered. For this reason, passive
flotation is not the diagnostic method of choice where
accuracy is required.

Centrifugal Flotation

Centrifugal flotation is more sensitive than passive flota-
tion because it magnifies gravitational forces, thereby
accelerating the downward movement of more dense
debris and the upward movement of less dense parasite
forms.

The basic process of preparing a fecal sample for cen-
trifugation is identical regardless of the flotation medium
to be used. The sample should first be centrifuged with
water to remove water-soluble pigments, free lipids, and
other small debris.

Flotation solutions range from 1.20–1.30 sg (Table 1.2).
The preferred salt solution for examination of fecal
samples from carnivores is zinc sulfate at 1.20 sg. Zinc sul-
fate is sufficiently gentle to protozoal cysts that it enhances
their recovery without distortion. Zinc sulfate at 1.20 is
less effective at recovery of very dense parasite forms, such
as Physaloptera eggs. For improved visualization of Giardia
cysts, drops of Lugol’s iodine can be added to the fecal pel-
let and mixed thoroughly for 30 seconds prior to addition
of the zinc sulfate.

In general, sugar solutions are less sensitive than
zinc sulfate. Sugar solutions are more viscous than salt
solutions, and therefore are not very useful for passive flota-
tion. Sugar solutions should be prepared with a preservative
(e.g. formalin) to retard bacterial or yeast growth, since
digestion of the sugar molecules will lower the specific grav-
ity. Sheather’s sugar is a more concentrated or super-satu-
rated solution (1.30 sg) that is particularly suited for
recovery of Cryptosporidium sp. oocysts.

Sugar solutions are superior to salt solutions in many
ways. Sugar solutions are less expensive to make, do not
distort eggs or oocysts to the same degree as salt solutions,
and will not crystallize rapidly. The latter advantages mean
that prepared slides may be refrigerated for days prior to

Fig. 1.1 A simple humidified chamber can be assembled to decrease
the rate of crystal formation of flotation solutions.



examination, without loss of parasite structural integrity.
Sugar solutions are particularly useful for processing herbi-
vore fecal samples. Flotation solutions should be compared
through side-by-side preparations using known positive
samples.

Centrifuges with swinging bucket rotors are preferred
because they allow each tube to be filled more than is possible
with fixed-head rotors. Many diagnosticians prefer to place
the coverslip on the sample tube during the centrifugation
steps. This is not possible with fixed-head rotors. Because
small vibrations can cause a coverslip to be lost during cen-
trifugation, many laboratories perform the centrifugations
with the fluid level in the tube at the maximum possible, then
transfer the tube into a stationary rack before placing the cov-
erslip on the sample to allow parasite stages to adhere to the
coverslip. Sensitivities are equivalent for the two variations,
and the difference in time required is negligible.

Materials
• Disposable plastic cups
• Applicator sticks
• Water or saline for washing
• Plastic centrifuge tubes and screens
• Centrifuge; swinging-bucket preferred, but fixed-head is

also possible
• Test tube rack
• Flotation solution

Method
1. Place 2 to 3 g of feces in a disposable plastic cup. Mix

very well with a small quantity of water and when
mixed thoroughly, increase quantity of water to create
a loose slurry. The quantity of water used should be
approximately the volume of the centrifuge tube
being used (approximately 15 ml).

2. Pour this mixture through a screen into a centrifuge
tube and assist the passage through the screen by agi-
tating with the applicator sticks.

3. Bring the volume of water in the sample tube to the
top of the centrifuge tube, and equal to the volume in
a second (balance) tube.

4. Centrifuge at 400 g for 3–5 minutes.
5. Remove sample tube from centrifuge and decant

supernatant. If it is difficult to visualize the pellet
apart from the supernatant, repeat this washing step
by mixing the pellet thoroughly with water or saline a
second or third time until the supernatant is clear.
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6. Place a small drop of the washed pellet onto a micro-
scope slide and examine as a sediment, or dry for 
staining.

7. Mix the remainder of the pellet thoroughly with a
small volume of the flotation solution of choice, until
a loose paste is achieved.

8. Bring the volume of the flotation solution to within
millimeters of the rim of the centrifuge tube. Return
the tube to the centrifuge. Place a balance tube oppo-
site the sample tube. The specific gravity of water is
only 1.00, thus a separate balance tube for flotation
solutions is necessary.

9. Centrifuge for 5 minutes; 10 minutes if anticipating
Cryptosporidium oocysts.

10. Transfer the tubes from the centrifuge to a test tube
rack.

11. Add drops of the flotation solution to the top of the
tube until a slightly bulging meniscus is formed. Do
not overfill the tube because the floating parasite
stages will be lost.

12. Place a coverslip on the slightly bulging meniscus and
allow to stand 10 additional minutes.

13. Remove the coverslip to a microscope slide for
examination.

Interpretation
Common mistakes in the performance of centrifugal flota-
tion, which result in false negative results include:
1. Failure to thoroughly mix the sample with water

prior to passage through the screen into the centrifuge
tube, resulting in failure of parasite forms to pass
through the screen. Often, too much water is added
initially, so that the fecal sample drifts about without
breaking apart.

2. Failure to stir or agitate the fecal slurry as it passes
through the screen, rather than allowing it to simply
drip through the tube, resulting in the buildup of
debris on the screen that traps the suspended eggs or
oocysts. This mat must be disrupted by stirring with
the applicator sticks.

3. Failure to mix the pellet formed after centrifugation with
a small quantity of flotation medium before filling the
tube. The pellet is difficult to mix when the tube is too
full with solution. Failure to mix adequately will trap any
eggs or oocysts within the pellet, reducing sensitivity.

4. Overfilling the tube so that instead of forming a menis-
cus, parasite forms spill out of the tube and are lost.



Baermann Sedimentation

The Baermann technique uses simple gravity sedimenta-
tion to recover nematode larvae, either from a fecal culture
or from tissue digests that liberate any larvae that may be
present. The sample is placed into a funnel with warm
water to facilitate nematode motility. Pulmonary tissues
may be homogenized in a blender to recover lungworms,
and diaphragm or other muscle tissues may be homoge-
nized and placed in a Baermann apparatus for recovery of
Trichinella spiralis larvae.

Materials
• Fine screen mesh or sieve, nylon coffee filter, or

cheesecloth
• Funnel with latex tubing attached, with clamp
• Ring stand to hold funnel
• Collection tube
• Dish to collect spillage
• Petri plate for microscopic examination of the collected

sediment
• Warm water to fill the Baermann apparatus

Method
1. Place clamp on latex tubing in open position and

attach one end of the tubing to the funnel.
2. Insert collecting tube into the other end.
3. Place funnel assembly into a ring stand.
4. Add warm water to fill latex tubing and collecting tube

until the funnel is half full.
5. Loosely wrap fecal or tissue sample in cheesecloth or

place into sieve or coffee filter.
6. Place the sample into the funnel and gently fill with

warm water until the sample is covered.
7. Leave the sample in the funnel for 12 to 18 hours.
8. Clamp the latex tube to prevent excess water from drain-

ing when the collecting tube is removed from the latex.
9. Decant the collected volume into a petri plate and

examine this sediment for larvae.

Interpretation
The Baermann sedimentation is a technique often
requested inappropriately due to a misunderstanding of its
strengths and weaknesses. Historically, the Baermann has
been used to recover cattle lungworm and strongylid larvae
from feces. These larvae are very active and will swim free of
the fecal sample. With parasitic infections that pass eggs or
oocysts, or less active larvae, the Baermann sedimentation is
far less sensitive than centrifugal flotation techniques. The
first-stage larvae of most Metastrongyloidea are not active
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enough to free themselves from the feces in which they
were passed, since these nematodes use gastropods as inter-
mediate hosts. Gastropods are drawn to feces for the
nitrogenous meal that feces can provide, thus active larvae
that leave the feces are less likely to be consumed by gas-
tropods. This feature favors larvae that remain with the
feces. In contrast, cattle lungworms and larvae of strongylid
nematodes develop directly on pasture without an interme-
diate host. Larvae of these nematodes more actively extri-
cate themselves from the fecal sample.

Simple Gravity Sedimentation

Simple gravity sedimentation can be performed without a
centrifuge and is intended to collect parasite eggs too dense
to recover with common flotation media, such as eggs of
Fasciola hepatica. It also cleans some debris and water-
soluble pigments in the process of decanting. The process
involves a two-step sedimentation and decanting method
whereby the first step follows a brief sedimentation that
removes the densest debris while the parasite forms remain
in the water column that is decanted into a second vessel
for the second, longer sedimentation step. A pilsner glass
or funnel-shaped vessel provides an advantage over a flat-
bottom beaker in that the sediment is concentrated into
the narrow bottom of the pilsner glass.

Materials
• Fecal sample and mixing container
• Water or saline
• Pilsner glasses or conical, round-bottomed vessels,

approximately 250 ml capacity
• Petri dish for microscopic examination
• Methylene blue as an optional stain

Method
1. Mix the fecal sample in a container using water or

saline of the approximate volume of the pilsner glass or
other vessel.

2. Suspend the sample well and pour into the pilsner
glass.

3. Allow the heaviest debris to sediment for about 
2 minutes.

4. Decant the suspended sample into the second pilsner
glass and allow this to sediment for at least 2 hours.

5. Decant the supernatant carefully so as to leave the sedi-
ment undisturbed.

6. Pour aliquots of the sediment into a petri dish and exam-
ine with a dissecting microscope. Several drops of meth-
ylene blue can add contrast to aid in visualization.



Interpretation
This sedimentation technique is applicable for heavy eggs,
such as those of Fasciola hepatica or Schistosoma sp. It is
readily applicable to field work.

Formalin-ethyl Acetate Sedimentation

Formalin-ethyl acetate sedimentation uses ethyl acetate as a
non-miscible solvent to extract lipid from feces. Ethyl
acetate forms a layer above the water or saline. The extracted
portion of lipid is drawn into the ethyl acetate plug and can
be discarded with the supernatant (Figure 1.2).

Formalin-ethyl acetate sedimentation is useful for
cleaning steatorrhea or other diarrheic feces, thereby facili-
tating microscopic examination. The pellet can be exam-
ined directly, to prepare smears for staining, or for flotation
procedures. Formalin-ethyl acetate sedimentation is highly
efficient in recovering all parasite forms, including tropho-
zoites, cysts, oocysts, eggs, and larvae. It is commonly used
in human diagnostic laboratories. Formalin is used to kill
any pathogens present, but water or saline can be
employed to retain motility of protozoan trophozoites as
an aid in identification. The use of formalin is most desir-
able where the concern of zoonotic disease is high, such as
with non-human primates.

Most common intestinal parasites can be recovered
using flotation techniques; however, sedimentation proce-
dures are warranted where test sensitivity must be maxi-
mized. Viewing sediments can be tedious due to the range
of focal planes that must be traversed. Formalin-ethyl
acetate sedimentation, followed by centrifugal flotation,
results in high sensitivity and economy of effort.

Materials
• Phosphate buffered saline (PBS) with or without 10%

formalin (water can be used when trophozoites are not
anticipated)

• Disposable plastic cup for mixing the fecal sample
• Applicator or stir sticks
• Polypropylene centrifuge tubes with caps
• Filter funnel
• Ethyl acetate
• Cotton swabs

Method
1. Place sample in a sealable container; add PBS with 10%

NBF. Allow approximately 20 minutes for fixation.
2. Pour the sample through the filter screen into a

polypropylene centrifuge tube to a volume of 10 ml.
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Polypropylene tubes are necessary due to the solvent
activity of the ethyl acetate.

3. Add 3 ml of ethyl acetate to the sample; cap and shake
vigorously to mix.

4. Centrifuge at 1,000 rpm for 5 to 10 minutes (10 min-
utes if Cryptosporidium is suspected).

5. Remove the tube from the centrifuge, remove the cap,
and, using a stir stick, ring the plug of ethyl acetate and
any trapped debris, freeing the plug from the wall of
the centrifuge tube.

6. Decant the supernatant and ethyl acetate plug into a
disposal container that will not be degraded by the
ethyl acetate.

Fig. 1.2 Formalin–ethyl acetate sedimentation. Ethyl acetate forms a
layer above the water or saline. The extracted portion of lipid is drawn
into the ethyl acetate plug and can be discarded with the supernatant.



7. Using a cotton swab, remove residual ethyl acetate
around the tube or perform another washing step to
clean the pellet of any additional ethyl acetate droplets.
These droplets can resemble amoebic cysts and confuse
the microscopic interpretation.

8. Add a small amount of saline to the pellet and
resuspend.

9. Place drops of this suspension on a microscope slide,
place a coverslip on top, and examine.

Interpretation
The ethyl acetate plug can trap some eggs and cysts.
Specific examples include Alaria canis and Giardia intesti-
nalis. Ethyl acetate must not be discarded into municipal
sewage systems but must be collected for disposal through
an appropriate chemical processing system. For this reason
alone, many laboratories may find it preferable to do sev-
eral washing steps with saline or tap water to remove free
lipid droplets and water-soluble pigments, instead of per-
forming formalin-ethyl acetate sedimentation.

Fecal Stains

Preparation of slides for staining should be part of a rou-
tine diagnostic workup for symptomatic patients, but it
serves little purpose for asymptomatic animals. Once pre-
pared, the slides can be stained or held pending results of
flotation or sedimentation procedures. Slides can also be
prepared from the cleaned fecal pellet prior to the final
centrifugation with the flotation medium.

Basic staining procedures adaptable to most laborato-
ries include the Gram stain and the modified acid-fast stain.
More specialized stains, such as Gomori’s trichrome or Mas-
son’s trichrome stains, and the iron hematoxylin stain, can
be included in the repertoire if consistent need dictates.
Otherwise, it is generally more expedient and reliable to
send fixed slides or samples to specialized laboratories that
perform these techniques regularly. The shelf-life of reagents
affects the decision whether to perform specialized stains in-
house or to outsource them. Older reagents give unsatisfac-
tory results. The Gram stain can be used for differentiating
Giardia sp. from Candida-like, elliptical yeast, which stain
Gram positive, whereas Giardia contain both positive and
negative structures within the cyst. The method for per-
forming the Gram stain is presented in microbiology labora-
tory manuals and will not be described here.
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Modified Acid-fast Stain

The modified acid-fast stain can be used to detect Cryp-
tosporidium sp. and fecal microsporidia. This procedure
does not require heating of the slide or stain and uses a
brilliant green counterstain, which facilitates visualization.

Materials
• Microscope slides, coverslip optional
• Absolute methanol
• Carbol fuchsin stain
• Acid alcohol decolorizer
• Brilliant green stain
• Immersion oil

Method
1. Air dry droplets of the fecal sample or smear on a clean

glass slide.
2. Fix the dried slide in methanol for 2 minutes.
3. Cover the fecal smear with carbol fuchsin for 

2 minutes.
4. Rinse gently with tap water.
5. Apply drops of the acid alcohol decolorizer for 1 to

6 seconds.
6. Rinse gently with tap water.
7. Cover the smear with brilliant green counterstain for

2 minutes.
8. Rinse gently with tap water, then blot or air dry until

ready to examine microscopically.

Interpretation
The best results will be obtained when the fecal sample has
been washed by centrifugations with water, or subjected to
the ethyl acetate extraction process prior to placing droplets
on slides. Smears must be uniformly thin and translucent
for even decolorization, otherwise over-decolorization can
result in false negatives.

The staining procedure is easy to perform but does
require perfecting several steps in the process. Thin, homo-
geneous smears are very important because small particles
of debris will leach carbol fuchsin during the decolorizing
step and this may lead to excessive decolorizing time.
A positive sample should be obtained and used to perfect
the technique.

When the slide is dry it can be examined with oil
immersion, but the red-stained oocysts are readily visible
with lower power objectives. Place a drop of immersion
oil on the stained sample before adding a coverslip. This



compensates for light refraction from an otherwise irregu-
lar surface, and facilitates identification of stained oocysts.

Antigen and Fluorescent Antibody 
Diagnostics

Parasite antigens pass in feces and in some cases, are more
readily identified using antigen tests than are parasite forms
using microscopic examination. Test procedures include
direct and indirect immunofluorescent antibodies directed
at parasite antigens, enzyme immunoassays, and membrane
chromatographic assays. Fluorescent antibodies directed
against parasite antigens facilitate detection, but require
use of a microscope with a UV light source. Enzyme
immunoassays are labor intensive and are therefore most
susceptible to operator error. Rapid chromatographic
membrane assays are the most applicable to a typical diag-
nostic laboratory. They are very simple to perform but are
more expensive per individual than enzyme immunoassay.

Antigen tests are not intended to replace microscopic
examination, but to serve as useful adjuncts to microscopy.
Eggs, oocysts, and larvae that do not react with the primary
antibodies used in the assay will go undetected if an antigen
test is used as the sole diagnostic procedure. However, some
protozoan cysts or oocysts are not passed consistently, result-
ing in the need to perform multiple fecal examinations to
ensure accurate diagnostic outcome. This is particularly true
for the genera Giardia, Cryptosporidium, and Entamoeba. In
these cases, antigen detection tests may facilitate diagnosis.

Most of the commercially available tests for fecal anti-
gen detection are marketed for human diagnostics. The
range of commercially available antigen detection kits
applicable to laboratory animals is limited. Lists of cur-
rently available commercial human parasite antigen detec-
tion kits are available online through the Centers for
Disease Control and Prevention.

DETECTION OF MICROFILARIA

Filarid nematodes produce MF that are ingested by biting
arthropod intermediate hosts during a blood meal.
Depending upon parasite species, blood or tissue samples
may be collected and processed for the recovery and identi-
fication of MF. For select filarid infections of animals,
antigen detection is possible using commercially available
antigen detection kits such as for Dirofilaria immitis.
These may be used regardless of host species. In contrast,
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detection kits that recognize host antibodies generated
to parasite-specific antigens rarely have cross-species
applications.

Blood

For large animals, a 1 ml venous blood sample provides
sufficient sample for testing. For animals too small to pro-
vide this volume, a microhematocrit tube can be filled,
and, following centrifugation, the tube placed on a micro-
scope stage and the area of the buffy coat examined for MF.
The interface between the buffy coat and the plasma frac-
tion is most productive. The microhematocrit tube can be
scored and broken at this junction to harvest any MF that
may be present, saving the red cells for blood films and the
serum or plasma for other tests.

Direct Smear or Wet Mount

The volume used in preparing a wet mount is so small that
this is not intended to serve as a definitive diagnostic test,
but merely as a quick screening tool for the presence of MF.

Materials
• Saline
• Applicator stick
• Microscope slides and coverslips

Method
1. Place a drop of saline on a microscope slide.
2. Mix a drop of the blood sample into the saline droplet.
3. Apply a coverslip and examine for MF.

Interpretation
A wet mount typically will not provide sufficient visualiza-
tion to make identification of genus or species possible.
Saline is important to dilute the red cells without ruptur-
ing them, as might a hypotonic solution. Samples that
have been refrigerated may require brief warming for MF
to resume activity.

Modified Knott’s Test

The modified Knott’s test uses a hypotonic solution to lyse
red blood cells (RBC), leaving the white blood cells
(WBC) and MF intact. A solution of 2% formalin in
distilled water is often used to straighten the MF, facilitat-
ing identification. If visualization alone is desired, using
distilled water without formalin allows the MF to continue



moving, which can aid in detection. A centrifuge is most
desirable for pelleting the lysate, but recovery of MF can be
achieved by passive sedimentation.

Materials
• Centrifuge tubes, 12 to 15 ml
• Lysing and fixative solution (2% formalin/distilled

water)
• 0.1% new methylene blue
• Microscope slides and coverslips

Method
1. Add 1 ml of blood to a centrifuge tube.
2. Add 9 ml of hypotonic lysing buffer (2% formalin/

distilled water).
3. Invert the tube several times, causing the RBCs to

rupture.
4. Centrifuge for 3–5 minutes at low speed.
5. Decant the supernatant carefully to retain the pellet in

the bottom of the tube.
6. Add a drop of 0.1% new methylene blue and mix with

the pellet.
7. Place a drop of this mixture on a microscope slide and

coverslip for examination.

Polycarbonate Filter Technique

The polycarbonate filter technique uses a filter and filter
housing unit as components of a commercially available
kit. Therefore, this test is more expensive to perform than
the Knott’s test. However, the polycarbonate filter tech-
nique does not require a centrifuge. MF can be recovered,
but it is not as easily visualized and identified to species as
with the Knott’s test. The polycarbonate filter technique is
intended to detect only the presence of MF in animals
known or suspected to be infected with adult filarid nema-
todes, such as dogs already determined to be antigen posi-
tive for Dirofilaria immitis infection.

Materials
• Syringe, 12 to 15 ml
• Filter housing and filters
• 0.1% methylene blue
• Lysing buffer (distilled water will suffice)
• Microscope slides and coverslips

Method
1. Draw 1 ml of blood into a 12 to 15 ml syringe.
2. Draw at least 9 ml lysing buffer into the syringe.
3. Invert for 2 minutes.
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4. Place polycarbonate filter into filter holder, verifying
that the gasket seal is in place.

5. Affix the filter apparatus to the syringe.
6. Slowly expel the lysed blood solution through the filter.
7. Remove the filter apparatus and refill the syringe with

water.
8. Replace the filter apparatus onto the syringe.
9. Slowly expel the wash water through the filter to

remove excess debris.
10. Remove the filter apparatus and refill the syringe

with air.
11. Reattach the filter apparatus and flush the filter

with air.
12. Remove the filter from the holder and place on a micro-

scope slide with the side containing MF facing up.
13. Add a drop or two of methylene blue solution.
14. Place a coverslip on the liquid and examine for MF.

Interpretation
The polycarbonate filter technique is used when the genus
or species of the MF, if present, is known. Clear visualiza-
tion of MF, for identification of genus or species, requires
the Knott’s test.

Skin Samples

Some arthropods which transmit filarid nematodes feed on
serum or plasma rather than whole blood. In these cases,
MF are found within tissues such as the skin, rather than
circulating in the blood stream. Skin biopsies must be
processed to free the MF for visualization.

Materials
• Skin biopsy instruments
• Scalpel blades
• Pipettes
• Saline without preservative
• Microscope slides and coverslips
• Centrifuge tubes, 15 to 50 ml depending on sample size

Method
1. Macerate biopsy sample using a scalpel blade.
2. Place macerated material into a centrifuge tube with

saline.
3. Incubate overnight at 37°C.
4. Remove tissue, then centrifuge for 3 to 5 minutes at

low speed.
5. Carefully decant supernatant.



6. Using a pipette, place drops of the sediment on a
microscope slide.

7. Place a coverslip on the drops and examine at low
power (10 � objective).

Interpretation
The tissue sample does not need to be finely homogenized
because the MF have motility and can extricate themselves
from the macerated sample. The tube does need incuba-
tion near body temperature to facilitate motility.

MICROSCOPY TECHNIQUES

Standard Practice for Reading 
Microscope Slides

A standard approach to microscopic examinations of pre-
pared specimens is essential for effective and efficient diag-
noses of parasitic infections.

For fecal examinations, the 10 � objective is most
commonly used, and the entire coverslip is examined sys-
tematically. Beginning at one corner of the coverslip, the
slide is moved either vertically or horizontally in a direct
line to the other corner of the coverslip. A mental notation
is made of a small object just at the edge of the optical field,
and the slide is moved just far enough to bring the object to
the boundary of the new optical field. The objective is
moved in a direct line back across the coverslip. The process
is repeated until the entire coverslip has been examined
with the 10 � objective. During these direct horizontal or
vertical sweeps, the operator must learn to use the fine focus
adjustment to change focal planes continuously because the
smallest objects will be visible in different focal planes than
those of larger diameter. Once the entire coverslip has been
examined with the 10 � objective, 20 random fields should
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be examined with the 40 � objective, again, using the fine
adjustment to compensate for changes in focal plane.

For blood films, or permanent mounts to be exam-
ined with the oil immersion lens (typically the 100 �
objective), each laboratory must establish a standard num-
ber of fields to be examined, or a standard number of
sweeps across the coverslip. The size of coverslip used
should also be standardized. Coverslip dimensions of 22 �
22 mm are most commonly used. Larger sizes may have
special application, but are too large for standard use.

Use of the Ocular Micrometer

An ocular micrometer is essential for accurate diagnoses.
Measurements are often important for differentiating par-
asites from pseudoparasites, such as differentiating a grain
mite egg from a parasitic strongyle-type egg. Differentiat-
ing larvae in a fecal sample or MF recovered from a Knott’s
test relies on measurements. A micrometer is placed in one
of the ocular pieces of the microscope. The micrometer
must be calibrated using a standardized, commercially
available, etched microscope slide. Parasite eggs and
oocysts are described in reference texts within a range of
measurements because the area under the coverslip is
three-dimensional, and eggs or oocysts can rotate within
that space, so that objects may be viewed and measured
while lying at different angles.
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INTRODUCTION

Protozoa are single-celled eukaryotes. They are a struc-
turally and genetically diverse multiphyletic group of
organisms (Figures 2.1, 2.2, 2.3, and 2.4)1,2,3. Many proto-
zoa have features in common with fungi or algae, and the
term “protist” is often used instead of “protozoa” to
emphasize this fact.

FLAGELLATES: PHYLA EUGLENOZOA,
PARABASALIA, RETORTAMONADA,
AXOSTYLATA, CHROMISTA

Flagellated protozoans, sometimes referred to as
“mastigophorans,” can be either free-living or parasitic.
The major groups which contain parasitic species are the
kinetoplastid flagellates, parabasalians, and retortamonads;

these group names are sometimes elevated to class or
phylum by various taxonomists4.

Special Organelles

Whereas free-living flagellates typically possess a full com-
plement of organelles, many parasitic flagellates lack one
or more common organelles, and instead possess unique
structures. For example, the trophozoite stage of most flag-
ellates contains one nucleus, whereas Giardia spp. are bin-
ucleated (Figure 2.5)5.

The kinetoplastid flagellates (e.g., Leishmania spp.,
Trypanosoma spp.) contain a unique structure, the kineto-
plast. The kinetoplast is a large mass of mitochondrial
DNA positioned near the flagellar basal body. Kinetoplast
DNA exists as mini- and maxicircles and is located at one
end of the cell’s single mitochondrion6, which is sometimes



referred to as the chondriome. Kinetoplast DNA readily
stains with traditional DNA stains, and is easily observable
under light microscopy. The glycosome is another organelle
unique to some developmental stages of kinetoplastid flag-
ellates. This membrane-bound organelle contains enzymes
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Fig. 2.1 Examples of diversity among protozoal cysts. (A) Cyst of 
a ciliate. (B) Cyst of a flagellate. (C) Cyst of an amoeba.

Fig. 2.2 Examples of diversity among protozoal trophozoites.
(A) Trophozoite of a ciliate. (B) Trophozoite of an amoeba. (C) and (D)
Trophozoites of flagellates.

Fig. 2.3 A group of Toxoplasma gondii tachyzoites in a para-
sitophorous vacuole (PV) in a human fibroblast cell. The apical end (C)
is clearly visible in 1 tachyzoite. The nucleus (N), rhoptries (R), and
dense granules (D) are also readily visible in several tachyzoites. Trans-
mission electron micrograph. Bar = 2 micrometers.

that function in the glycolytic pathway, and thus it is
responsible for efficient, compartmentalized oxidation of
glucose, resulting in high rates of glycolysis7.

The parabasalians (e.g., Tritrichomonas spp., His-
tomonas spp.) possess an array of cellular features (e.g.,
nucleus, flagella, basal bodies, axostyle, costa, parabasal
body, parabasal fiber) organized into a “karyomastigont
system”8 (Figure 2.6). The axostyle is a bundle of parallel,
cross-linked microtubules extending from the anterior
basal bodies of the flagella to the posterior end of
the cell. The costa is a flexible rod-like structure with a
striated appearance. It also originates near the anterior end
of the cell and extends posteriorly. Functionally, the
parabasal body is a large Golgi complex visible under light
microscopy. It is associated with a parabasal fiber which
originates near the anterior basal bodies. Trichomonad
parabasalians lack mitochondria and instead possess
hydrogenosomes. These are membrane-bound organelles
that metabolize sugars and produce H2 as an end product9.
Ingestion of nutrients by many flagellates is typically
by pinocytosis, although some use a cytostome (e.g.,
Chilomastix spp.).



Fig. 2.4 Sporulated oocyst of coccidia. (A) Eimeria type. Bar = 10 µ. (B) Cystoisospora type. Bar = 10 µ. (C) Cryptosporidium type. Bar = 5 µ. (A)
Reproduced from Lindsay, D.S., Upton, S.J., and Hildreth, M.B. (1999) with permission. (B) Reproduced from Lindsay, D.S., Upton, S.J., and
Dubey, J.P. (1999) with permission. (C) Reproduced from Lindsay, D.S., Upton, S.J., Owens, D.S., Morgan, U.M., Mead, J.R., and Blagburn, B.L.
(2000) with permission.

Fig. 2.5 Trophozoites of Giardia sp. Giemsa-stained intestinal smear
from a hamster.

Fig. 2.6 Trichomonad. Note the undulating membrane (arrow).
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Locomotion

Most flagellates possess one or more flagella; however, a
few parasitic species have no visible external flagellum
(e.g., Dientamoeba spp. and amastigotes of kinetoplastid
flagellates)10. Flagella, although usually longer, are struc-
turally similar to cilia in that they contain a 9 � 2 arrange-
ment of microtubules. Most flagellates move by beating
flagella in an undulating, whip-like, ATP-dependent man-
ner. In some species, the flagellum is modified to form an
“undulating membrane” such that an expanded membrane
connects the flagellum to the cell surface. The result is a
cell that appears to have a ruffled or curled area on one
edge. A few flagellates have no external flagellum, although
they retain basal bodies. Some species (e.g., Dientamoeba
fragilis and Histomonas meleagridis) move in an amoeboid
manner.

Life Cycles

The majority of flagellates reproduce by longitudinal
binary fission. Sexual reproduction is practiced by very few
species11. Intestinal dwellers are usually extracellular and
are transmitted by the fecal-oral route. Most enteric flagel-
lates encyst before exiting the host; and nuclear multiplica-
tion in the cyst may (e.g., Giardia spp.), or may not (e.g.,
Chilomastix spp.), occur. In one group, encystment is
linked to production of hormones by the host so that the
life cycles of protozoan (e.g., Opalina spp.) and host are
linked. A few species (e.g., Dientamoeba fragilis, His-
tomonas meleagridis) do not encyst, and transfer to the next
host relies on rapid transmission of trophozoites or other
means, such as transfer via nematode eggs.

Kinetoplastid flagellates live in the extra- or intracel-
lular environment, depending on the parasite species.
Some (e.g., Trypanosoma cruzi, Leishmania spp.) have both
intracellular (amastigote) and extracellular (trypomasti-
gote, promastigote) stages in their life cycles. Most of these
blood and tissue parasites rely on a hematophagous vector
(arthropods, leeches) for transmission to a new host.
In some kinetoplastid species, distinct developmental
stages occur in the vector, while other species undergo no
development but merely use the vector for mechanical
transmission to the next host. Antigenic variation during
developmental stages is a well known phenomenon12.
A few important flagellated parasites, including Tritr-
ichomonas foetus and Trypanosoma equiperdum, are venere-
ally transmitted.
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AMOEBA: PHYLUM HETEROLOBOSA

This phylum contains free-living, parasitic, and oppor-
tunistically parasitic amoebae, also commonly called “sar-
codines.” Phyla that contain species that are not parasitic
in laboratory animals are not included here. Genera with
the greatest medical and veterinary importance include
Acanthamoeba spp., Entamoeba spp., and Naegleria spp.
Many enteric amoebae are obligate commensals and not
associated with disease.

Special Organelles

Amoebae are noted for possessing pseudopods for locomo-
tion and food capture and ingestion, a single type of
nucleus, and a lack of centrioles and cytoplasmic micro-
tubules, though they do possess mitotic spindle micro-
tubules. Pseudopods possessed by amoebae include (a)
lobose pseudopods, which are transitory, cytoplasmic exten-
sions with blunt or pointed ends, (b) actinopods, which are
pointed and contain extrusomes and an inner core of micro-
tubules, (c) filopods, which are very slender and filiform,
and (d) reticulopods, which are web-like networks.

Many amoebae have two distinct regions of the cell.
The ectoplasm is an outer, clearer, more viscous region sur-
rounding the second distinct region, the endoplasm. The
endoplasm is less viscous cytoplasm, and therefore appears
denser. Some species have no identifiable anterior region of
the cell unless the cell is moving; the anterior region then
appears at the leading edge. The posterior region of the cell,
the “uroid,” is where myosin filaments are often concen-
trated. Actin microfilaments are found in the ectoplasmic
regions. Most amoebae contain Golgi bodies, contractile
vacuoles, food vacuoles, and mitochondria.

Amoebae obtain dissolved nutrients by pinocytosis,
and larger particulate nutrients by phagocytosis. In both
processes, invagination of the cell membrane occurs so that
food enters the cell in a food vacuole that is completed when
the membrane pinches off. Invagination of the membrane is
accomplished through an actin-myosin system13. Several
species of amoebae form a more prominent ingestion area,
the amoebostome, which is large, rounded, and cup-shaped.
Digestion in the food vacuole is initiated by hydrolytic
enzymes, and waste products are released from the cell
by exocytosis. Ingestion of prey is more complex for amoe-
bae with axopods. Many species of parasitic amoebae con-
tain a glycogen vacuole, which is a storage depot for
carbohydrates.



Amoebae living in hypo-osmotic environments
osmoregulate by use of a contractile vacuole. This
organelle usually has no permanent position in the cell.
The contractile vacuole can be visualized with light
microscopy when it increases in size14.

The nuclear structure of amoebae is diverse and
species-specific. For example, Entamoeba spp. possess
chromatin “granules” which may be circularly arranged
adjacent to the inner nuclear membrane, or may be
arranged in coarse clumps. This type of chromatin con-
tains rRNA genes undergoing transcription, can be seen in
stained slides, and the arrangement of the chromatin can
be species-specific15. Additionally, some species possess a
round, RNA-rich karyosome (endosome) which persists
during mitosis and whose function is not known. The
cysts of still other species possess a chromatoidal bar whose
shape is of taxonomic importance. This bar is usually more
noticeable in younger cysts and is formed from the crystal-
lization of ribonucleoproteins arising from small, cytoplas-
mic helical bodies.

Locomotion

Most amoebae move by use of pseudopods, which are
cytoplasmic extensions that can have a fixed or non-fixed
position (Figure 2.7). Nearly all parasitic amoebae possess
lobose pseudopods, which have a globular shape with
rounded (e.g., Entamoeba spp., Naegleria spp.) or pointed
(e.g., Acanthamoeba spp.) ends. Some species have only
one pseudopod (monopodial) while others have two or
more (polypodial).

During movement, a clear, hyaline, somewhat rigid
cap forms at the leading edge of the lobose pseudopod.
Endoplasm flows anteriorly and against the hyaline cap,
then flows laterally until it is converted into the adjacent
ectoplasm. Ectoplasm is converted back to endoplasm in
the region of the uroid. Formation of, and movement by,
pseudopods occurs by directed cytoplasmic streaming, or
through a rolling motion. Force is provided by a system
containing actin-myosin16.

Actin microfilaments are located throughout the ecto-
plasm and are parallel to the cell membrane at the anterior
end of a moving cell. Actin monomers are located in the
endoplasm, and myosin filaments are concentrated near
the uroid17. Amoeboflagellates such as Naegleria fowleri
possess lobose pseudopods in both free-living and parasitic
states, but can quickly form two flagella when food is lim-
iting, enabling them to swim to more nutrient-rich areas.
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To do this, microtubules must be assembled de novo, and
can be functional in little more than a hour18.

Life Cycles

Intestinal amoebae have direct life cycles and transmission
is fecal-oral. These species form cysts when they reach the
lower large intestine. Multiplication may (e.g., Entamoeba
spp.) or may not (e.g., Iodamoeba spp.) occur in the cyst.
Amoeboflagellates normally are free-living in soil and
water where they exist as trophozoites that ingest bacteria.
Amoeboflagellates form environmentally resistant cysts
under conditions of reduced environmental temperatures.
Rarely, Naegleria spp., Acanthamoeba spp., and Bala-
muthia mandrillaris may enter a host and multiply as
trophozoites19. It is assumed that this is a dead-end cycle
and further transmission will not occur. Acanthamoeba
spp. and B. mandrillaris also form cysts in host tissue,
whereas Naegleria spp do not.

COCCIDIA AND COCCIDIA-LIKE 
PARASITES: PHYLUM APICOMPLEXA

Apicomplexan parasites include the coccidia, malaria
and malaria-like parasites, and piroplasms of vertebrates.

Fig. 2.7 Trophozoite of Entamoeba histolytica. An ingested red blood
cell (arrow) is labeled. Iron-hematoxylin stain of human feces.



Laboratory animals are important models for human
infections caused by these parasites. Some apicomplexa
have direct or two-host life cycles and are transmitted by
the fecal-oral route, whereas others are transmitted by
arthropod vectors.

Coccidian parasites with direct life cycles (Cystoisospora
spp.) can be a chronic problem in kennels and catteries
because they are transmitted by environmentally resistant
oocyst stages and are difficult to eradicate. The tissue cyst
forming coccidia that have two-host life cycles (Toxoplasma
gondii, Neospora caninum, Sarcocystis spp., Besnoitia spp.) are
not problems in modern animal facilities. Malaria and
malaria-like blood parasites (Plasmodium, Haemoproteus,
Leucozytozoon), and piroplasms (Babesia, Theileria) are rarely
found in laboratory animal facilities because they require
arthropod vectors to complete their life cycles. However,
these parasites may be present in wild-caught animals
brought into animal facilities. Wild-caught animals should
be routinely examined for blood parasites as part of the quar-
antine program. Blood-borne apicomplexa may be found in
zoos where animals are exposed to arthropod vectors.

Special Organelles

Motile stages of coccidian parasites possess an assemblage of
organelles which form the apical complex. These include the
polar rings, rhoptries, micronemes, dense granules, conoid,
and subpellicular microtubules20 (Figure 2.3). The apical
complex is used for host cell penetration. Rhoptries,
micronemes, and dense granules contain complex mixtures
of proteins that, upon exocytosis, interact with host cell
membranes during host cell invasion21. Rhoptries are
osmiophilic, electron-dense, club-shaped structures origi-
nating in the conoidal end of sporozoites and merozoites.
They usually are anteriorly positioned in the parasite and lay
between the nucleus and conoid. In only a few instances
have these structures been found in the posterior portion of
the parasite. Rhoptry proteins are involved in para-
sitophorous vacuole formation. The number of rhoptries
varies depending on the species of parasite. Micronemes are
osmiophilic, electron-dense, rod-like bodies that are most
numerous in the anterior one-half of the parasite. They are
involved in host cell attachment by invasive stages22. Dense
granules are electron-dense bodies that are primarily
involved in modifying the host cell after invasion. The
conoid is a hollow, truncated cone composed of spirally
arranged microfibrillar elements20. The conoid usually is not
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present in merozoites of malarial and piroplasm parasites.
The subpellicular microtubule cytoskeleton is important in
locomotion and host cell invasion.

The body of coccidian parasites usually is enclosed by
a trimembranous pellicle. Refractile bodies are osmio-
philic, electron-dense, homogenous structures, present in
sporozoites of many Eimeria species (Figure 2.4), and can
sometimes be found in first-generation meronts and mero-
zoites of some species23. Generally, two refractile bodies are
present in sporozoites—one anterior and one posterior to
the nucleus. Crystalloid bodies are accumulations of dense
material resembling �-glycogen particles24. They are found
in sporozoites and merozoites of some Cystoisospora species
in the same location as eimerian refractile bodies. The
functions of refractile bodies and crystalloid bodies are not
completely known. They are believed to serve as energy
reserves for the parasite. Refractile bodies may also play a
role in host cell invasion. Lipid and amylopectin bodies
may also be found in sporozoites and merozoites. Wall-
forming bodies are specialized structures found in the
macrogamonts of coccidial parasites, producing environ-
mentally resistant oocyst walls. There are usually two types
of wall-forming bodies. Oocyst wall formation represents a
sequential release of the contents of wall-forming bodies
types 1 and 2, and is probably controlled in the rough
endoplasmic reticulum and/or Golgi bodies25.

Locomotion

Apicomplexan invasive stages exhibit a unique form of
actin-based gliding motility, which is essential for host cell
invasion and spreading of parasites throughout the
infected host26. Living sporozoites and merozoites undergo
gliding, pivoting, and probing motions. Microgametes of
most coccidia move by flagella. Macrogamonts and coc-
cidial oocysts are usually non-motile.

Life Cycles

Coccidia

The typical coccidian life cycle (Figure 2.8) consists of three
phases: sporogony, excystation and endogenous develop-
ment. Sporogony, which occurs outside of the host in the
environment, is the development of the unsporulated
noninfectious oocyst into the sporulated infectious oocyst
(Figure 2.4). Environmental temperature, oxygen levels, and
moisture influence sporogony. Temperatures above 35°C



and below 10°C inhibit sporogony. Unsporulated oocysts
may survive freezing to �7°C for nearly two months but
can be killed after 24 hours at 40°C. Oocysts do not survive
desiccation. Sporogony normally is an aerobic process.

Excystation occurs in the host and is the process by
which sporozoites are released from sporocysts and eventu-
ally from the oocyst. Excystation of oocysts is not species-
specific. Oocysts may excyst in nearly any host, but
sporozoites fail to produce infections in abnormal hosts.

Endogenous development varies among coccidia,
though the basic pattern is similar for all species. Intracel-
lular developmental stages are located within a para-
sitophorous vacuole composed of the host cell plasma
membrane. Sporozoites penetrate cells and undergo
schizogony (merogony). In the process, the normally elon-
gated sporozoites become spherical to form uninucleate
trophozoites, which undergo multiple karyokinesis to
form immature schizonts (meronts). Free merozoites are
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produced at the surface as the immature schizonts mature.
The number of cycles of schizogony is characteristic of a
species of coccidia. The terminal generation of merozoites
penetrates cells and forms the sexual stages, microgamonts
and macrogamonts (collectively, gamonts). Microgamonts
undergo multiple karyokinesis and produce biflagellated
microgametes that are actively motile and which fertilize
the macrogamonts. The macrogamont is uninucleate and
possesses a large nucleus and prominent nucleolus.

Eosinophilic wall-forming bodies are produced in the
macrogamont cytoplasm as development progresses. These
fuse with surface membranes of the macrogamont and
produce the oocyst wall. The endogenous cycle is com-
pleted when oocysts are released from the host cells. The
prepatent period is the time required from ingestion of
sporulated oocysts to the release of unsporulated oocysts in
the feces. The patent period is the length of time that
oocysts are excreted in the feces.

Fig. 2.8 Life cycle of Cystoisospora rivolta in the cat.



Piroplasms

Piroplasms (Babesia spp., Theileria spp., Cytauxzoon spp.)
are transmitted by ticks27. Depending on the species,
sporozoites penetrate red blood cells, lymphocytes, or
macrophages and undergo schizogony. It is still unclear
whether sexual stages occur. Merozoites of all piroplasms
develop in red blood cells. Development occurs in the tick
after it feeds on infected red blood cells; oocysts are pro-
duced in ticks, and sporozoites are injected into appropriate
hosts during tick feeding.

Malaria and Malaria-like Apicomplexans

The life cycles of protozoa-causing malaria begin when
sporozoites are injected into the blood of the vertebrate
host by a feeding female mosquito. Sporozoites travel to
the liver where they penetrate hepatocytes. Here, they
undergo pre-erythrocytic schizogony, producing mero-
zoites, which enter red blood cells and transform into
trophozoites (the feeding or ring stage). These undergo
erythrocytic schizogony. Terminal generation merozoites
enter red blood cells and develop into microgamonts or
macrogamonts. These sexual stages are ingested by feeding
female mosquitoes, and fertilization occurs in the gut of
the mosquito. Motile ookinetes are produced. These pene-
trate the gut of the mosquito and develop into oocysts28.
Oocysts sporulate, producing sporozoites. Sporozoites
migrate to the salivary glands of the mosquito and are
available to be transmitted to other vertebrate hosts.

The life cycles of malaria-like parasites are similar to
those of Plasmodium spp., except they are transmitted by
other blood-feeding arthropods. Malaria-like parasites also
may undergo schizogony elsewhere in the vertebrate host
body before infecting blood cells. Haemoproteus spp. are
transmitted by midges, hippoboscid flies, or tabanids
(horse flies), and undergo schizogony in the vascular
endothelium of the lung, liver, kidney, and spleen. Leuco-
cytozoon spp. are transmitted by midges and simuliid flies,
and undergo schizogony in the liver and in phagocytic cells
throughout the body of the vertebrate host.

CILIATES: PHYLUM CILIOPHORA

It is estimated that there are more than 10,000 species of cil-
iates29. The majority of ciliated protists are free-living, while
others are important enteric commensals, that is, ciliates
that live in the digestive tracts of ruminants, horses, some
non-human primates, and other mammals. Still others are
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obligate internal or external parasites (e.g., Balantidium coli
and Ichthyophthirius multifiliis). All parasitic ciliated protists
have direct life cycles.

Special Organelles

Ciliates are unique among the protists in that most possess
two different types of nuclei and, thus, display nuclear
dimorphism. The usually large, polyploid macronucleus
supports somatic functions, while one or more small,
diploid micronuclei serve a genetic function and constitute
the “germ line” of that cell30. Many ciliates are capable of
sexual reproduction through conjugation, whereby two
ciliated cells temporarily fuse and exchange an extra copy
of their micronuclei, which are haploid at this time. After
the cells separate, the newly acquired foreign micronucleus
fuses with that cell’s own micronucleus, giving rise to new
genetic combinations31.

Typically, ciliates possess one cytostome (mouth). The
cytostome is an important taxonomic feature (Figure 2.2).
It is surrounded by modified cilia (oral ciliature). Food
passing the cytostome becomes surrounded by a mem-
brane formed by cytoplasmic discoidal vesicles. A food
vacuole is formed and is pinched off as the vacuole enters
the cell, where digestion occurs through the action of aci-
dosome vesicles and lysosomes32. Final waste products are
released from the cell through a cytopyge (cytoproct).
Much of the food vacuole membrane is recycled and incor-
porated back into discoidal vesicles.

Ciliate species living in hypotonic environments
osmoregulate by collecting excess fluid into expandable
contractile vacuoles. Excess water is released through a
contractile vacuole pore. When distended, the contractile
vacuole usually can be seen as a large, clear vacuole.

Locomotion

Most ciliates have two types of cilia. The first includes
somatic cilia arranged in longitudinal rows (kineties) located
over most of the cell surface. These primarily function in
locomotion. The second type includes the oral ciliature
which creates feeding currents and thereby facilitate inges-
tion of nutrients. Most ciliates move by beating their
somatic cilia in a coordinated pattern such that metachronal
waves pass over the cell surface. In some species, cilia may be
arranged in intricate groupings (e.g., cirri, membranelles) to
form structures with specialized functions. Each cilium has
an internal axoneme with a typical 9�2 microtubule



arrangement. Just below the cell surface, the cilium is
anchored in a basal body, the kinetosome, which is com-
posed of nine triplets of microtubules in a circle. A complex
network of microfilamentous-like and microtubular struc-
tures extends between basal bodies, and this network is
species-specific. One enteric species, Allantosoma intestinalis,
has no cilia33.

Life Cycles

As previously noted, some ciliates undergo sexual reproduc-
tion by conjugation of two cells and exchange of micronu-
clei, or by autogamy. Ciliates divide by transverse fission, or
“homothetogenic” division, so that the cleavage furrow is
equatorial instead of longitudinal. This process can be com-
plex because a new cytostome must be formed for one of the
daughter cells. Enteric commensal and parasitic ciliates are
transmitted by the fecal-oral route. Some species form a cyst
(e.g., Balantidium spp.) (Figure 2.1), whereas others, such
as the commensal ciliates of horses, do not. Ectoparasitic
parasites may (e.g., Ichthyophthirius sp.) or may not (e.g.,
Trichodina sp.) require a developmental period off the host.

MICROSPORIDIANS: PHYLUM
MICROSPORA

Until recently, microsporidia were classified as protozoa in
the phylum Microsporidia. Analysis of small subunit RNA
has resulted in the reclassification of these pathogens to the
fungi34.

Special Organelles

Microsporidia (Figures 2.9, 2.10, and 2.11) are character-
ized by a resistant spore stage35. The microsporidial spore
contains many special organelles. The coiled polar tube is
used in host cell penetration and transfer of the sporo-
plasm to new host cells. It is also an important taxonomic
structure. An anchoring disk is located in the anterior end
of spores and serves as the site of attachment for the polar
tube. The polaroplast is a lamellar organelle in the anterior
end of spores and may act like a Golgi apparatus. A poste-
rior vacuole is present in the posterior end of the spore and
aids in expulsion of the sporoplasm.

Locomotion

Spores are non-motile. Motility of other stages has not
been widely studied.
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Life Cycles

Hosts are infected by ingestion or inhalation of spores, or
by transplacental transmission (Figure 2.11). The spore
penetrates a host cell via the polar tube. The polaroplast

Fig. 2.9 Transmission electron micrograph of Encephalitozoon intesti-
nalis in CV-1 cell culture. Spores (S) and meronts (M) are labeled. Cour-
tesy of C.N. Jordan.

Fig. 2.10 Section of an adrenal gland from a mouse containing
Encephalitozoon cuniculi (arrow). A Gram stain was used to demonstrate
stages.
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INTRODUCTION

Historically, it was not uncommon for animals—particularly
wild-caught fish, birds, and primates—to be found
infected with parasitic trematodes. However, with the
advent of improved husbandry practices in laboratory ani-
mal facilities, the incidences of infection have declined
markedly. This is due primarily to the interruption of
indirect life cycles through elimination of obligate inter-
mediate hosts, and also to the fact that laboratory-reared
research animals have largely replaced those obtained from
the wild. This chapter briefly describes the taxonomy, gen-
eral life cycles, and morphology of the trematodes and
leeches one may encounter in the laboratory setting. Spe-
cific parasite species are discussed in the chapters covering
their hosts.

The phylum Platyhelminthes (“flatworms”) includes
the classes Trematoda (“flukes”), Cestoda (“tapeworms”),
and Turbellaria (“planarians”). Worms in this phylum are
dorsoventrally flattened, lack a body cavity, and instead
contain organs embedded in a parenchyma. They repro-
duce by asexual and/or sexual means. Most are hermaphro-
ditic. The life cycles are often complex and indirect. The

phylum Platyhelminthes has been further broken down
according to diverse taxonomic schemes. For the purposes
of this text, the class Trematoda includes three Orders:
Monogenea, Aspidogastrea, and Digenea.

ORDER MONOGENEA

Trematodes in the order Monogenea are the most primi-
tive of the flukes. The order includes several species
identified as parasites of cold-blooded aquatic vertebrates
including fish, amphibians, and reptiles. They are com-
mon in the wild, but extremely rare in the laboratory set-
ting. Most members of the Monogenea are ectoparasites of
the skin, gills, and fins. A few species occur in the mouth,
esophagus, nose, urinary bladder, ureters, and lungs. Most
species are nonpathogenic, though a few are significant
pathogens of the gills and skin of fish. The most important
genera are Gyrodactylus and Dactylogyrus1. Many Monoge-
nea demonstrate considerable niche specificity, parasitizing
specific anatomical locations on the host, or parasitizing
hosts of specific ages. Niche specificity may be influenced
by parasite nutritional requirements, worm motility, and
by the physical attachment abilities of the worm2.



The Monogenea have direct life cycles, requiring less
than five days for completion. These short life cycles may
facilitate the build-up of overwhelming populations in an
aquarium or culture pond environment. Members of this
class may be oviparous or viviparous. Eggs are usually
operculated and have a filamentous structure at one
or both ends3. This is used to anchor the egg to a host or
other object. The ciliated larva (oncomiridium) swims
freely until finding a suitable host. Unlike the other trema-
todes, the sexual and asexual generations do not alternate.
Adults feed on mucus, epithelium, and blood1–3.

Posteriorly, monogeneans have an “opisthaptor,” a
bulbous, disc-shaped adhesive organ which may bear suck-
ers, clamps, and hooks used for attaching to a host. The
morphology of these structures is of taxonomic signifi-
cance (Figure 3.1). Physical trauma to gills, fins, and skin
may result from the attaching structures of the opisthaptor.
Resulting lesions may become secondarily infected and
lead to color fading, weight loss, emaciation, and increased
susceptibility to predation.

The worm surface is a living structure and is therefore
referred to as the “tegument.” The nervous system of the
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Monogenea consists of cerebral ganglia in the anterior
region, with nerve trunks connected in a “ladder” pattern
that extends the length of the body. The digestive system of
the Monogenea includes the mouth, buccal funnel, pre-
pharynx, pharynx, esophagus, and branched intestine.
There is no anus. Indigestible material is regurgitated.
Some monogeneans absorb nutrients through the tegu-
ment. The osmoregulatory system is typical of the platy-
helminthes, and includes flame cells that connect to ducts
and eventually, into two lateral excretory pores near the
anterior of the worm. The reproductive system is her-
maphroditic, and typical of the platyhelminthes in the
inclusion of both male and female sex organs1,2.

ORDER ASPIDOGASTREA

The Aspidogastrea comprise a relatively small group of sev-
eral dozen species of trematodes which parasitize freshwa-
ter and/or marine mollusks, crustaceans, and fish, as well
as freshwater turtles4. They are considered to be phyloge-
netically intermediate between the Monogenea and Dige-
nea. All Aspidogastrea are aquatic and hermaphroditic.

Fig. 3.1 Specimens of different monogenean families and their relations. HK, hooks; IN, intestine; LA, larva; M, mouth; OH, opisthaptor; OV, ovary;
PRO, prohaptor; TE, testis; VI, vitellarium. Reproduced from Mehlhorn, H. (2001). Used with permission, courtesy of Springer-Verlag, Germany.



While not all of the life cycles are known, it appears that
most of the Aspidogastrea have indirect life cycles, using a
mollusk as an intermediate host and fish or turtles as defin-
itive hosts4. For this reason, the Aspidogastrea may only be
encountered when animals are collected in the wild or cul-
tured in ponds. Four families of Aspidogastrea are recog-
nized: Stichocotylidae, Rugogastridae, Aspidogastridae,
and Multicalycidae (Figure 3.2).

The Stichocotylidae have an elongated, slender body.
The ventral disc bears a single row of well-separated suck-
ers. There are two testes, a single cecum, and follicular
vitellaria in the lateral fields. These are parasites of rays and
skates (Batoidea)2,4.

The Rugogastridae have elongated bodies with a
single row of transverse thickenings of the tegument,
termed rugae. There is a weakly developed ventral sucker.
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There also is a pharynx, prepharynx, and esophagus;
multiple testes; a pretesticular ovary; a Laurer’s canal open-
ing dorsally in the forebody; vitellaria distributed along the
ceca; a uterus ventral to the testes; and numerous, opercu-
lated eggs. There is no seminal receptacle. These are para-
sites of rat fish, rabbit fish, and chimeras (Holocephali)2,4.

Aspidogastridae have an oval or elongated body, an
adhesive disc bearing four longitudinal rows of alveoli
(Figure 3.3), one or two testes, and follicular vitellaria
located laterally. These are parasites of mollusks, fishes, and
turtles2,4.

Multicalycidae bear a single row of deep alveoli
separated by transverse septae and ventral, foot-like
appendages. There is a single cecum and testis. The ovary
is pretesticular, near the posterior end of the body. These
are parasites of Holocephali and certain elasmobranchs4.

Fig. 3.2 Aspidogastrean trematodes. (A) Stichocotyle nephropis (Stichocotylidae). (B) Rugogaster hydrolagi (Rugogastridae). (C) Aspidogaster piscicola
(Aspidogastridae). (D) Multicalyx elegans (Multicalycidae). Reproduced from Rohde, K. (2002). Used with permission, courtesy of CABI Publishing,
Oxfordshire, UK.



Important Aspidogastrean genera include Aspidogaster,
Cotylogaster, Lobatostoma, and others.

The Aspidogastrean life cycle is comparatively simple.
Unembryonated eggs released from the adult develop to
the larval (cotylocidial) stage and then hatch in the envi-
ronment. In other species, embryonated eggs are released
when the larvae are nearly ready to hatch out. In still
others, eggs do not hatch until they are consumed by a
suitable intermediate host. One larva is released from each
egg. The larva remains in the mollusk intermediate host
until that host is eaten by the definitive host, wherein it
undergoes further development to the adult stage. In some
species, development to the adult stage occurs in the mol-
lusk host1.

The Aspidogastrea differ from other trematodes,
whose life cycles include multiple developmental stages,
most of which result in the asexual multiplication of the
organism. Asexual multiplication of larval stages does not
occur among the Aspidogastrea. Compared to other
trematodes, the Aspidogastrea are relatively nonspecific in
host range4.

Aspidogastrea range in size from 2 mm to several cen-
timeters in length1. Adults possess an attachment organ
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comprised of one to several ventral suckers, depending on
the family. The morphology of the attachment organ is
important in species identification4. As in the Monogenea,
the worm surface is referred to as the tegument. Larval and
adult Aspidogastreans possess a complex nervous system.
The digestive system includes a mouth, pharynx, and
single short cecum. The osmoregulatory system is typical
of the platyhelminthes. The excretory ducts end in a poste-
rior excretory bladder, and finally, exit the worm via an
excretory pore. The reproductive system includes both
male and female components, typical of the Trematoda2.

ORDER DIGENEA

The Digenea comprise the largest and most diverse group
of parasitic trematodes. As their name indicates, they have
an asexual reproduction phase of their life cycle in a mol-
lusk, and a sexual (usually hermaphroditic) reproduction
phase in a vertebrate host. Concerning the latter, they may
be found in virtually all species of vertebrates. Like other
trematodes, they are common in the wild but rare in the
laboratory setting. Most members of the Digenea are
endoparasites of the gastrointestinal and pulmonary sys-
tems. Many species are pathogenic.

Given the size of the order, it is no wonder that species
vary in some particulars of their life cycles. A generalized
life cycle includes the egg, which is usually passed in the
feces of the definitive host. Under suitable conditions, the
egg hatches to release a ciliated, free-swimming miracid-
ium, which actively penetrates a snail intermediate host.
Within the snail, the miracidium loses its ciliated coat to
become a sporocyst. From an individual sporocyst develop
numerous rediae. From each rediae, many cercariae
develop, and are released through a birth-pore. Cercariae
actively or passively exit the snail intermediate host and
swim until finding submerged vegetation on which to
encyst.

During encystment, the tail is lost and other physio-
logic changes occur which lead to formation of the meta-
cercaria, or infective stage. Infection of the definitive host
is initiated with ingestion of the metacercaria, though in
the family Schistosomatidae, cercariae actively penetrate
the definitive host. Excystation occurs in the digestive tract
and the immature fluke migrates to its predilection site.
Because of asexual reproduction at the sporocyst and/or
redia stages, tremendous amplification of trematode popu-
lations may result from a single miracidium. Adult flukes
feed on blood, mucus, and host tissues1,2.

Fig. 3.3 Ventral surface of Lobatostoma sp. adult (Aspidogastridae).
Courtesy of Dr. K. Rohde, University of New England, Armidale,
Australia.



Digenea vary in size from less than 1 mm to several
centimeters in length. Like other trematodes, Digenea are
dorsoventrally flattened, though body shapes range from
long and narrow or leaf-shaped to thick and fleshy3. The
body surface (cuticle or tegument) is a complex organ typ-
ical of the Trematoda, and is important in nutrient absorp-
tion. The Digenea possess an anterior (oral) sucker and,
usually, a ventral sucker (acetabulum), often located in the
anterior third of the ventral surface. The number and posi-
tion of the suckers are important taxonomic keys. The
anterior sucker surrounds the mouth, leading into the
pharynx, esophagus, and intestine, which leads into two
blind ceca. Some species possess an anus. The nervous sys-
tem includes a circumesophageal ring of nerve fibers and
paired ganglia. Nerves run anteriorly and posteriorly to the
rest of the body in a typical ladder arrangement.

Like other flatworms, the osmoregulatory system con-
sists of flame cells, which collect waste products from the
parenchyma and expel them via an excretory bladder with
an opening at the posterior end of the body. The reproduc-
tive system includes both male and female structures1,2,3.

Regardless of the classification scheme used, there are
several families of Digenean trematodes. The most impor-
tant of those containing parasites noted in this text are
briefly described here.

Family Dicrocoeliidae

Dicrocoeliids are small to medium-sized flukes which
occur in the bile and pancreatic ducts and sometimes the
intestine of mammals, birds, amphibians, and reptiles.
These flukes have a flattened and elongated body. The
cuticle usually lacks spines. The testes are located behind
the ventral sucker, and the ovary is situated just posterior
to the testes3. It is common for flukes in this family to
include two intermediate hosts in their life cycle. Important
genera include Dicrocoelium, Eurytrema, Platynosomum,
and Athesmia (Figure 3.4).

Family Diplostomidae

Diplostomatid flukes have a flattened anterior region,
whereas the posterior region is more cylindrical. Spatulate
and ear-like processes may be present on the anterolat-
eral parts of the body3. Diplostomatids usually occur in
the intestine of mammals which have ingested infected
amphibians or reptiles. The most important genus is
Alaria.
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Family Echinostomatidae

Echinostomatidae are elongated flukes with a pronounced
ventral sucker. The body is usually spined. The testes lay in
the posterior portion of the body and the ovary is anterior
to the testes. Adults possess a distinctive “crown” of hooks
surrounding the anterior—or oral—sucker3. Echinostom-
atids usually occur in the intestine of mammals and birds
which have ingested infected raw mollusks, amphibians, or
fish. The most important genus is Echinostoma.

Family Fasciolidae

Fasciolids are among the largest flukes. The body is broad,
leaf-shaped, and usually spined. The anterior and ventral
suckers are situated close to one another. Testes are poste-
rior3. Fasciolids occur in the liver, intestine, and sometimes
stomach of mammals which have fed on vegetation
contaminated with metacercariae, as well as in animals
obtained from their natural habitat. Important genera
include Fasciola, Fasciolopsis, and Fascioloides.

Family Heterophyidae

Heterophyids are small flukes, typically less than 2 mm in
length. The posterior region is wider than the anterior

Fig. 3.4 Athesmia foxi adult. Courtesy of G.E. Cosgrove, Tulane
National Primate Research Center.



region. The body is covered with scale-like spines. These are
more numerous toward the posterior end of the fluke, where
the testes are located. The ovary is situated anterior to
the testes3. Heterophyids occur in the small intestine
of fish-eating mammals and birds which have ingested
infected raw fish. These flukes have only rarely been
reported. Important genera include Metagonimus and
Heterophyes.

Family Opisthorchiidae

Opisthorchids are small to medium-sized flukes with a flat-
tened, translucent body narrowed anteriorly (Figure 3.5)5.
The ventral sucker is small. Testes are situated in the poste-
rior portion of the fluke, and may be globular or highly
branched. The ovary is located anterior to the testes3. The
vitelllaria are lateral, and the uterus, which is filled with
eggs, fills the middle of the anterior half of the body
between the intestinal ceca. The eggs have a thick shell with
a distinct, convex operculum, and contain an asymmetrical
miracidium when passed in the feces. Opisthorchids occur
in the gallbladder, bile duct, and sometimes the pancreatic
duct and small intestine of mammals, birds, and reptiles
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that have ingested infected raw fish. The most important
genera include Amphimerus, Chlonorchis, Metorchis, and
Opisthorchis.

Family Paramphistomatidae

Paramphistomid flukes are thick, typically appearing cir-
cular in transverse section. The ventral sucker lies at the
extreme posterior of the fluke (Figure 3.6)6. The body
lacks spines. The testes are situated in the middle portion
of the body, with the ovary just posterior3. Paramphisto-
mid flukes are common in the intestine of herbivorous
mammals. Infection is usually by ingestion of contami-
nated vegetation. An important genus is Gastrodiscoides.

Family Plagiorchiidae

Plagiorchids are large flukes of varying shapes (Figure 3.7).
The body is usually covered with small spines. The testes
are located toward the posterior region, and the ovary lies
anterior to the testes3. Plagiorchids include the oviduct
flukes of the chicken and other birds. They occur only in
animals that have ingested infected insects. Important gen-
era include Plagiorchis and Prosthogonimus.

Fig. 3.5 (Left) Opisthorchis tenuicollis. (Right) Opisthorchis sinensis.
Reproduced from Lapage, G. (1962). Used with permission, courtesy of
Lippincott, Williams and Wilkins, Philadelphia.

Fig. 3.6 Gastrodiscoides hominis adult. Reproduced from Graham,
G.L. (1960). Used with permission, courtesy of New York Academy of
Science.



crustaceans or fishes. Important genera include Paragonimus
and Nanophyetus.

LEECHES

Leeches are members of the phylum Annelida (“Segmented
worms”) and class Hirudinea. They are found in aquatic or
tropical rain forest environments. They include scavengers
that feed on nonliving material, predators that feed on tis-
sues and fluids of soft-bodied invertebrates, and others that
are blood-sucking ectoparasites of vertebrates. The soft,
annulated body of a leech (2 to 16 external annuli per true
internal segment) is usually flattened dorsoventrally. They
are colorfully patterned in green, brown, or red.

The leech is characterized by great powers of distension
and contraction, which enable it to penetrate extremely nar-
row body openings and to ingest and store relatively large
volumes of blood. A pair of suckers—a large muscular hind
sucker and a smaller anterior one surrounding the mouth—
permits the looping movement and powerful adherence to
prey or host during feeding (Figure 3.11)7. Leeches are
hermaphroditic, but individual leeches usually cross-fertilize
to produce eggs.
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Fig. 3.7 Prosthogonimus macrorchis adult. Courtesy of Marietta Voge,
University of California.

Fig. 3.8 Schistosoma mansoni male and female. Courtesy of Marietta
Voge, University of California.

Family Schistosomatidae

In the Schistosomatidae, the sexes are separate and differ in
appearance. The adults are long and slender (Figure 3.8).
Both males and females have a small anterior sucker and a
small ventral sucker that is about 10% of the length of the
body, and is located behind the mouth. They occur in the
blood vessels of their hosts and enter through the skin or
are ingested in water. For many species, up to four of
the more slender adult females may be carried in the
gynecophoral canal of the male3. Some schistosome eggs
bear distinctive morphologic features such as spines, which
aid in identification (Figure 3.9). Schistosomes are found
only in animals that have been permitted access to con-
taminated water. The most important genus is Schistosoma.

Family Troglotrematidae

Troglotrematids include some medically important flukes.
These trematodes are flattened or concave ventrally and
convex dorsally (Figure 3.10). The testes and ovary typically
lay in the middle third of the body3. Troglotrematids
occur in the lungs of carnivorous mammals and birds and
are found only in animals that have ingested infected raw



cutting jaws. It includes a number of fish parasites, chiefly
in the family Piscicolidae. The presence of a strong antico-
agulant, capacious gut pouches which serve for long-term
blood storage, and the extraordinary flexibility of
the hardy body render leeches well adapted for a para-
sitic existence. Leeches are occasional parasites of certain
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Fig. 3.9 Schistosoma eggs. (A) S. japonicum. (B) S. mansoni. (C) S. haematobium. Courtesy of Marietta Voge, University of California.

There are two orders of leeches: Gnathobdellidae and
Rhynchobdellidae. The order Gnathobdellidae is charac-
terized by the presence of cutting jaws. It includes the fam-
ily Hirudinidae, which contains most leeches of medical
and veterinary importance. The order Rhynchobdellidae is
characterized by a penetrating proboscis rather than by

Fig. 3.10 Paragonimus westermanii adult. Courtesy of Marietta Voge,
University of California. Fig. 3.11 Dinobdella ferox. Reproduced from Pryor, W.H. Jr.,

Bergner, J.F., and Raulston, G.L. (1970) with permission.
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4. Rohde, K. (2002) Subclass Aspidogastrea, Faust and Tang, 1936. In: Keys
to the Trematoda, Volume 1. (Gibson, D.I., Jones, A., and Bray, R.A.),
CABI Publishing, New York, pp. 5–14.

5. Lapage, G. (1962) Mönnig’s Veterinary Helminthology and Entomology.
5th Edition. Lippincott, Williams and Wilkins, Philadelphia.

6. Graham, G.L. (1960) Parasitism in monkeys. Ann. N.Y. Acad. Sci. 85,
735–992.

7. Pryor, W.H. Jr., Bergner, J.F., and Raulston, G.L. (1970) Leech (Dinob-
della ferox) infection of a Taiwan monkey (Macaca cyclopis). J. Am. Vet.
Med. Assoc. 157, 1926–1927.

endothermal laboratory animals in their natural habitats,
but they are not normally found in colony-raised animals.
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INTRODUCTION

Almost universally, cestode life cycles include both verte-
brate and invertebrate hosts in complex, indirect life
cycles1. Modern husbandry practices preclude the comple-
tion of such multiple-host life cycles; therefore, cestode
infections have never been common in colony-raised labo-
ratory animals. In contrast, wild-caught animals are com-
monly found infected with cestodes. Occasionally, these
animals are brought into the animal facility. This chapter
briefly describes the taxonomy, general life cycles, and
morphology of the cestodes which may be encountered in
the laboratory setting. Specific parasite species are dis-
cussed in the chapters covering their hosts.

CESTODE TAXONOMY

Several taxonomic schemes have been constructed for clas-
sifying the cestodes. The class Cestoda has been further
divided into subclasses and orders. Cestodes discussed in
this chapter comprise the subclass Eucestoda, class Cestoda,
phylum Platyhelminthes. Though many other orders have

been described, cestodes occurring in laboratory animals
belong to two orders: Pseudophyllidea and Cyclophyllidea.
Members of these two orders differ morphologically in all
developmental stages, from egg to adult tapeworm.

BASIC CESTODE ANATOMY

Adult cestodes, or tapeworms, are flat, long, and ribbon-
like. The body, or strobila, appears to be segmented and
made up of a chain of a few to many rectangular units,
or proglottids. Because parenchymal fluids move freely
between proglottids, tapeworms are not truly segmented,
but are pseudosegmented. The anterior end of the worm
consists of a scolex, or hold-fast organ. The strobila grows
throughout the life of the tapeworm by continuous prolif-
eration of immature proglottids at the neck region behind
the scolex. This process is termed “strobilation.” More dis-
tal proglottids mature as new proglottids are added anteri-
orly. Mature proglottids contain one or two sets of both
male and female reproductive organs2. Reproduction is
through selfing and out-crossing3, so that sexually mature
proglottids contain eggs.



THE PSEUDOPHYLLIDEA

Morphology

Adult pseudophyllidean tapeworms typically bear two
bothria—long, narrow, weakly muscular grooves—on the
scolex2. In adult worms, segments appear uniform for much
of the length of the tapeworm body and the genital pore is
centrally located on each pseudosegment (Figure 4.1). Eggs
differ from those of the cyclophyllidean tapeworms, and are
operculated; therefore they must be distinguished from those
of trematode parasites (Figure 4.2).

General Life Cycle

Sexually mature proglottids release individual eggs into the
intestine of the definitive host. In the environment, eggs
hatch and release the free-swimming larval form, or coracid-
ium. Following ingestion by the first intermediate host, or
copepod, the coracidium develops into a procercoid.

Second intermediate hosts in the life cycle of pseudo-
phyllidean tapeworms include fish, amphibians, reptiles, or
mammals, depending on the tapeworm species. After the
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second host ingests the infected copepod, the procercoid
travels to the host’s muscles, where it develops to a worm-like
stage called a plerocercoid. When the second intermediate
host is ingested by the mammalian definitive host, the plero-
cercoid attaches to the mucosal wall of the small intestine and
grows into a sexually mature adult tapeworm (Figure 4.3).

THE CYCLOPHYLLIDEA

Morphology

Adult cyclophyllidean tapeworms bear four suckers, or
acetabula, on the scolex. In some species, the scolex is
“armed” with a ring of small hooklets encircling the ante-
rior end of the scolex, or “rostellum” (Figure. 4.4). Matur-
ing segments appear larger from the midpoint to the distal
end of the worm, compared with the immature segments
located more anteriorly. One or two genital pores are
laterally located on each mature segment. As proglottids
mature, the reproductive organs disintegrate, so that the
proglottid becomes little more than a sack of eggs. In this
condition, the proglottids are called gravid (Figure 4.5).
Each egg contains a hexacanth embryo, or oncosphere.
The eggs are thick-walled and can be distinguished by
three pairs of refractile hooklets of the hexacanth in the
center of each egg2.

Fig. 4.1 Diphyllobothrium latum, mature proglottids. Note the
centrally located, coiled uterus. Courtesy of Marietta Voge, University
of California.

Fig. 4.2 Diphyllobothrium latum, egg. Note the faint, inconspicuous
operculum (top). Courtesy of Marietta Voge, University of California.
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General Life Cycle

Unlike the pseudophyllidean tapeworms, adult cyclophyl-
lidean tapeworms do not release individual eggs into the
intestine of the definitive host. Instead, they release gravid
proglottids. These may rupture in transit, thereby releasing
large numbers of eggs (Figure 4.6). Following ingestion by
a suitable intermediate host, the oncosphere hatches in the
intestine, invades the intestinal tissue, and is carried by the
blood to the liver, lungs, brain, muscle or other sites,
depending on the parasite species. There, the oncosphere
develops to the second larval, or metacestode stage.

Several forms of metacestodes have been described
from intermediate hosts (Figure 4.7). These include the
cysticercoid in invertebrate hosts and the cysticercus,
coenurus, strobilocercus, or hydatid in vertebrate hosts2.
The specific metacestode form is characteristic of the ces-
tode species. The cysticercoid is a solid-bodied larva with a
noninvaginated scolex drawn into a small vesicle. The cys-
ticercus is similar to the cysticercoid except that the body
includes a fluid-filled bladder with one invaginated scolex
attached to the bladder wall.

Fig. 4.3 Diphyllobothrium latum, diagram of life cycle. A coracidium is released from the egg, and, if ingested by a copepod, develops into a procer-
coid. When a fish consumes the infected copepod, the procercoid develops to a plerocercoid, which is infective to the definitive host. Courtesy of
Marietta Voge, University of California.

Fig. 4.4 Taenia pisiformis scolex. Note the armed rostellum and four
acetabula. Courtesy of Marietta Voge, University of California.



The coenurus is similar to the cysticercus except that
several invaginated scolices are attached to the bladder wall.
A strobilocercus resembles a cysticercus, except that the
bladder is generally smaller, and the larval worm has begun
to strobilate. A hydatid is a bladder, which, like the cysticer-
cus, contains many scolices. However, unlike the cysticer-
cus, there is usually internal budding of daughter cysts,
each of which may contain many scolices (Figure 4.8)4.
Typically hydatids are unilocular. Rarely, external budding
may occur sparingly, resulting in multiple unilocular cysts,
or may occur profusely, resulting in multilocular, or alveo-
lar, cysts. These are highly invasive to surrounding host
tissues.

Metacestodes may survive within the intermediate
host for weeks to several years. Upon ingestion of an
infected intermediate host by a suitable definitive host,
metacestodes develop into adult tapeworms in the small
intestine or bile duct of the definitive host (Figure 4.9).
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Fig. 4.6 Dipylidium caninum, intact egg capsule with eggs. Courtesy
of R.R. Estes, U.S. Air Force School of Aerospace Medicine.

Fig. 4.7 Larval stages of taeniid cestodes: (A) Cysticercus. Note the
single invagination and scolex. (B) Coenurus. Note the multiple invagi-
nation, each with a developing scolex. (C) Hydatid. Note the several
buds or brood capsules, each with a number of developing scolices.
Reproduced from Soulsby, E.J.L. (1965). Used with permission.

Fig. 4.5 Dipylidium caninum, gravid proglottids. Courtesy of
Marietta Voge, University of California.
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genetically determined, not only in rodents6, but also in
arthropod intermediate hosts such as beetles7.

Immune-deficient mice have proven useful as animal
models of human cestode infection8, and have facilitated
development of systems for producing large numbers of
metacestodes for experimental studies. For example, non-
obese diabetic severe combined immunodeficiency
(NOD/Shi-scid) mice have been used to produce metaces-
todes of Taenia saginata, T. asiatica, and T. solium9,10,11.

Rodents have also been used to produce adult tape-
worms for experimental studies. For example, in one
study, researchers were able to grow adult Rodentolepis
nana in rats, but only when rats were continuously
administered corticosteroids. This work suggested that
steroids might serve as direct stimulators of parasite
growth12. Others have reported that Echinococcus multiloc-
ularis has insulin receptors13, and that these receptors may
function in worm growth.
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Fig. 4.8 Echinococcus granulosus. (Left) Hydatid cyst from the liver of
a monkey. (Right) Microscopic section of hydatid cyst showing outer
laminated membrane, thin germinative membrane, and several scolices.
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Fig. 4.9 Taenia pisiformis, diagram of the life cycle. Embryonated eggs excreted from the definitive host are ingested by the rabbit intermediate host.
The resulting metacestode stage, in this case a cysticercus, is infective to the definitive host. Courtesy of Marietta Voge, University of California.

MURINE MODELS OF HUMAN CESTODE
INFECTIONS

Much information has been published concerning the use
of immune-deficient or immune-suppressed animals as
models of human cestode infection5. In contrast, there are
few reports on the effects of a host’s genetic background on
its susceptibility to infection. However, it is evident
that susceptibility to cestode infection is to some extent
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INTRODUCTION

Historically, infections with nematode parasites have been
among the most common parasitisms affecting laboratory
animals. Like other parasitisms, the range and number of
nematode infections of laboratory animals have markedly
decreased with improvements in animal husbandry and
the predominating use of laboratory-raised animals. In
spite of these improvements, some nematode infections,
particularly those with direct life cycles, may still com-
monly be found in laboratory animals. In contrast, infec-
tion of laboratory animals with acanthocephalans has
always been uncommon, and is even more so today. This
chapter briefly describes the taxonomy, general life cycles,
and morphology of the nematodes and acanthocephalans

one may encounter in the laboratory setting. Specific
parasites are discussed in the relevant host chapters.

CLASS NEMATODA

The class Nematoda (“roundworms”) contains the largest
number of helminth parasites of endothermal animals.
Worms in this class are cylindrical, unsegmented, and elon-
gated. These worms have a pseudocoel (body cavity derived
from the embryonic blastocoel) containing an alimentary
canal. Histologically, this arrangement appears as “a tube
within a tube.” In most cases, the sexes are separate. The life
cycles may be direct or indirect1–3.

The class Nematoda is further divided into five
orders and fourteen superfamilies. With relatively little



training, nearly anyone can learn to differentiate worms by
superfamily, and so facilitate arrival at parasite identifica-
tion (Figure 5.1).

Order Rhabditida

Most members of the order Rhabditida are free-living, but
a few are parasitic. Worms in the order are so named
because of the shape of the esophagus, which in free-living
forms includes a long, cylindrical portion that terminates
in a posterior bulb with a valvular apparatus, which
appears refractile under light microscopy. These worms are
very small and have small lips and a reduced or absent buc-
cal cavity. Spicules are of equal length. For parasitic species,
parasitic and parthenogenetic females inhabit the small
intestine. Eggs passed from the host can produce either
parasitic female larvae (homogonic life cycle) or free-living
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male or female worms (heterogonic life cycle). The
latter can produce either infectious parasitic or free-living
forms.

Infection occurs when larvae enter the host either by
ingestion or by penetration of the skin, after which they
migrate into blood vessels and are carried to the lungs,
where they enter the alveoli. They are then carried up the
airways to the trachea and are swallowed. In the intestine
the larvae develop into mature females within the intes-
tinal crypts. Vertebrate parasites are found only in the
superfamily Rhabditoidea.

Superfamily Rhabditoidea

Members of this superfamily are commonly associated with
soiled living conditions. Vertebrate parasites are found in
the families Rhabditidae and Strongyloididae.

Fig. 5.1 Pictorial key to the Nematode superfamilies. Used with permission, courtesy of Dr. Helen Jordan, Oklahoma State University.



Order Ascaridida

Worms in this order possess three lips. Caudal alae may be
present, and when so, are generally laterally placed. Adults
are parasites of the gastrointestinal system. Parasites of ver-
tebrates are found in three superfamilies.

Superfamily Ascaridoidea

Worms in this superfamily possess three prominent lips
but lack a buccal capsule and, in most cases, an esophageal
bulb. Ascarids are generally large, stout worms. The intes-
tine may have ceca. The tail of the female is blunt, whereas
that of the male is often coiled, and bears two spicules. The
life cycle can be direct or indirect. Eggs are large and thick-
shelled (Figure 5.2)4. The superfamily includes the families
Ascarididae and Anisakidae.

Superfamily Heterakoidea

Worms in this superfamily are small to medium-sized,
with poorly developed lips and a small buccal cavity. Lat-
eral alae may be prominent and extend the length of the
body. Male worms possess a preanal sucker. These are
mostly parasites of birds, although the superfamily also
includes a few species of rodent parasites. Parasite families
of interest include Heterakidae and Ascaridiidae.

Superfamily Oxyuroidea

The oxyurids or “pinworms” are small to medium-sized
worms. The three lips are inconspicuous. Males may have
no, one, or two spicules. In general, the females are larger
than the males, and the female tail is long and tapering. The
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Fig. 5.2 Canine ascarid eggs. (Left) Toxocara canis. (Right) Toxascaris
leonina. Reproduced from Ewing, S.A. (1967). Used with permission,
courtesy of W.B. Saunders Co., Philadelphia.

esophagus ends in a posterior bulb (Figure 5.3)5. The eggs
are often operculated. Life cycles are direct. The superfam-
ily includes the families Oxyuridae and Kathlaniidae.

Order Strongylida

The order Strongylida includes some of the most common
and pathogenic gastrointestinal or respiratory system para-
sites of vertebrates. There is considerable morphologic diver-
sity within the order. Features shared by all are the general
shape and appearance of the egg, and a well-developed
copulatory bursa in the adult males. The number and
arrangement of the bursal rays are useful for taxonomic
identification. Equally important taxonomic features are the
shape and length of the spicules. The order contains four
superfamilies of importance.

Superfamily Strongyloidea

Many worms in this superfamily are characterized by hav-
ing well-developed, capacious mouths, although this fea-
ture is not universal. For example, worms in the genus
Oesophagostomum have a narrow buccal cavity. In many
species, the mouth is surrounded by a corona radiata
(“leaf-crown”), and contains cutting plates or teeth. The
copulatory bursae of the males are well-developed and are
supported by bursal rays. Males in the superfamily bear
two spicules of equal length1. Important families include
Strongylidae, Trichonematidae, Amidostomidae, Stepha-
nuridae, and Syngamidae.

Superfamily Ancylostomatoidea

Worms in this superfamily are known as “hookworms.”
Adult worms lack a corona radiata. They possess large
buccal cavities armed with either teeth or cutting plates.
Most of the hookworms are voracious blood-suckers, and
therefore highly pathogenic1. The eggs are thin-shelled and
oval (Figure 5.4)6. The only family of veterinary impor-
tance is the Ancylostomatidae.

Superfamily Trichostrongyloidea

Trichostrongyloidea possess the prominent copulatory
bursa typical of the order, but lack a corona radiata. Also
lacking is the capacious buccal cavity characteristic of the
Strongyloidea and Ancylostomatoidea. Instead, the buccal
cavity is reduced or rudimentary. Lips are also inconspicu-
ous. These worms are generally small, slender, and delicate
in appearance. Key morphologic features include the shape
and arrangement of the bursa, spicules, and cuticular
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annulations or striations. Life cycles are direct. Free-living
third-stage larvae are infective to susceptible hosts. Fami-
lies of veterinary importance include Trichostrongylidae,
Ollulanidae, and Dictyocaulidae.

Superfamily Metastrongyloidea

Worms in this superfamily are parasites of the respiratory
system of mammals, and so are appropriately referred to as
“lungworms.” Like the Trichostrongylidae, worms in this
superfamily have a much reduced or rudimentary buccal
cavity and six inconspicuous lips. Likewise, these worms
are small and slender. Unlike other members of the order,
the copulatory bursa is reduced or absent. Lungworm
life cycles usually, though not always, include obligatory
intermediate hosts, typically terrestrial slugs and snails1.
Families of veterinary importance include Metastrongyli-
dae, Protostrongylidae, Filaroididae, Skrjabingylidae, and
Crenosomatidae.

Order Spirurida

The order Spirurida is a biologically diverse group of para-
sitic nematodes, and contains some parasites of tremendous

Fig. 5.4 Ancylostoma braziliense egg. Reproduced from Burrows, R.B.
(1965). Used with permission, courtesy of Yale University Press, New
Haven.

Fig. 5.3 Syphacia obvelata. (A) Female, head. (B) Female, tail. (C) Male, head. (D) Male, tail. Reproduced from Sasa, M., Tanaka, H., Fukui, M.,
and Takata, A. (1962). Used with permission, courtesy of Academic Press, New York.



global importance to human and veterinary health. Adult
worms are characterized by two well-developed lateral lips
and a cylindrical buccal capsule and pharynx. The esophagus
is divided into a muscular anterior portion and a glandular
posterior portion, which is wider and longer than the mus-
cular part. Cephalic ornamentation is common. Adult male
worms typically have caudal alae and spicules of unequal
length. The eggs have thick walls and are embryonated
when laid. The life cycles of the Spirurida require develop-
ment of larval stages within arthropod intermediate hosts.
The order includes four superfamilies.

Superfamily Spiruroidea

The superfamily includes species that are commonly
found parasitizing the stomach wall or lumen of vertebrate
hosts. Others inhabit the periocular structures. The poste-
rior end of the male is usually spirally coiled, with lateral
alae and papillae. The eggs are thick-shelled and embry-
onated at the time of release from the female (Figure 5.5)7.
Important families include Spiruridae, Thelaziidae,
Acuariidae, and Tetrameridae.

Superfamily Physalopteroidea

The superfamily includes a small number of morphologi-
cally distinct gastric parasites. Worms in this superfamily
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are thick and muscular, and resemble ascarids. Adult
worms have morphologically distinct lips bearing teeth or
toothlike ridges1. Eggs are thick-shelled. Important families
include the Physalopteridae and Gnathostomatidae.

Superfamily Filaroidea

The superfamily Filaroidea includes several species of
human and veterinary parasites of tremendous medical
importance. Stages found in vertebrate hosts often inhabit
body cavities, connective tissues, or hemolymphatic vessels.
Adult worms are long, thin, and delicate. The mouth is
small. These worms lack lips, a buccal capsule, and a phar-
ynx. The male is often smaller than the female (Figure 5.6),
and bears spicules of dissimilar appearance. The vulva of
the female is typically located near the anterior end of the
worm. Larvae (“microfilariae”) are released into lymph and
connective tissue spaces, or into the blood stream of the
definitive vertebrate host. Microfilariae are taken up by
arthropod intermediate hosts during blood feeding.
Morphologic features of the microfilariae are useful for
species identification1. The most important families
include the Filariidae, Setariidae, and Onchocercidae.

Fig. 5.5 Spirocerca lupi eggs. Reproduced from Bailey, W.S. (1963).
Used with permission, courtesy of New York Academy of Science.

Fig. 5.6 Dirofilaria immitis adults. (Left) Male. (Right) Female.
Courtesy of S.H. Abadie, Louisiana State University.



Superfamily Dracunculoidea

The superfamily contains a small number of medically
important parasites. These have rudimentary mouths and
readily observable cephalic papillae. Adult worms have been
found inhabiting the subcutaneous tissues of vertebrate
hosts of nearly all classes, while larval forms develop in
invertebrates. In some cases, lower vertebrates such as fish
and amphibians may serve as transport (“paratenic”) hosts1.
The only family of veterinary concern is Dracunculidae.

Order Enoplida

The Enoplida include a group of biologically diverse
worms. Worms in this order may be found in a variety of
host organ systems, including the gastrointestinal, muscu-
loskeletal, urinary, and pulmonary systems. The order
includes two superfamilies.

Superfamily Trichuroidea

The Trichuroidea are small to medium-sized worms. The lips
and buccal cavity are absent or reduced. They are distinct in
that the tissue of the worm esophagus is reduced, rendering
the esophagus very slender. Also, the esophageal glands are
on the outside of the esophagus in the form of a single row of
cells (“stichocytes”). Males have one or no spicules. The eggs
have a “polar plug” at each end (Figure 5.7). Life cycles of the
Trichuroidea are usually direct. Parasite families of human
and veterinary medical importance include Trichinellidae,
Trichuridae, and Capillaridae.

Superfamily Dioctophymatoidea

The superfamily includes a small number of unusual but
important nematode parasites. Adult worms are medium
to large in size, and are typically found in the intestines,
kidneys, or other organs of vertebrates. The lips and buccal
cavity are reduced. Male worms possess one spicule and
a prominent cup-, or trumpet-shaped copulatory bursa.
Depending on the genus, there also may be a caudal
or cephalic sucker present1,2. Only two relatively small
families—the Dioctophymidae and Soboliphymidae—are
of importance.

PHYLUM ACANTHOCEPHALA

The phylum Acanthocephala contains the “thorny-headed
worms.” These are so named because they possess a
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proboscis armed with rows of hooks, with which they
attach to the intestinal wall of vertebrate hosts. These
worms lack an alimentary canal, and instead absorb nutrients
through the body surface. Sexes are separate, and adult
males are much smaller than females (Figure 5.8)8,9.

All Acanthocephalan life cycles are indirect, with
arthropod or crustacean intermediate hosts. Each egg
released from female worms contains an acanthor larva.
Upon ingestion by a suitable intermediate host, the egg
hatches, releasing the acanthor. The freed acanthor encysts
in the intermediate host as a cystacanth. After a period of
up to several months, the cystacanth reaches an infective
stage, and, upon ingestion by a definitive host, develops to
an adult worm. If consumed by an unsuitable host, the
cystacanth may re-encyst. In this case, the infected host
serves as a paratenic host. Acanthocephalans may be found
in laboratory swine and in aquatic vertebrates such as fish
and some birds. There are two orders of importance:
Palaeacanthocephala and Archiacanthocephala. The for-
mer are relatively small worms with a retractable proboscis,
while the latter are large worms with a non-retractable
proboscis1,3.

Fig. 5.7 Trichuris trichiura egg. Courtesy of R.R. Estes, U.S. Air Force
School of Aerospace Medicine.
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INTRODUCTION

The phylum Arthropoda includes the insects, and
crustaceans, arachnids and spiders, along with several
smaller and lesser-known groups. The word “Arthropoda”
comes from the Greek “arthron” (jointed) and “podon”
(foot). Thus, arthropods are animals that have joints in
their external skeleton, including all of their appendages.

Arthropoda is, by far, the most successful phylum of
animals, whether measured by diversity of habitat, extent of
distribution, or number of species and individuals. About
80% of all known animal species are arthropods. They are

exceedingly diverse morphologically, developmentally,
functionally, and behaviorally, and have adapted success-
fully to life in water, on land, and in the air.

This chapter provides an overview of the classification,
morphology, and biology of arthropods, emphasizing
parasites of laboratory animals. The reader interested in
learning more about arthropods in general, or arthropod
parasites specifically, is referred to several available
references1–6.

Arthropod parasites can be direct agents of disease.
They cause damage by annoyance, stress, or blood loss; “fly
worry” and “tick worry” are recognized conditions that
reduce feed efficiency and weight gains in livestock.
Ectoparasites can cause dermatoses and allergic reactions,Tables are placed at the ends of chapters.



and wounds or lesions offer entry to bacteria. Blood-
feeding arthropods typically inject small quantities of saliva
into the wound channel, which can result in envenomiza-
tion or paralysis. Myiasis, which is the invasion of organs or 
tissues by fly larvae, is part of the normal life cycle of several
species of Diptera.

Additionally, many arthropods are indirect agents of
disease. Several arthropod species serve as intermediate
hosts for parasites, or as vectors that transmit parasites,
bacteria, rickettsia, and viruses to man and animals.

STRUCTURE AND FUNCTION

The first fundamental structural feature of the Arthropoda
is that the body is divided longitudinally into discrete seg-
ments (“somites” or “metameres”). In nearly all adult
arthropods, body segments and appendages are reduced in
number, and retained appendages typically are highly
modified into sensory, locomotory, reproductive, respira-
tory, and feeding structures.

A second fundamental feature is the grouping of adja-
cent body segments into distinct body regions or sections
called “tagmata” (singular: tagma), that serve particular
functions for the animal. The typical arthropod body con-
sists of three distinct tagmata: the head, thorax, and
abdomen. The head provides for neural integration, sensory
perception, and food gathering; the thorax bears legs (and
wings, in most insects) and serves locomotory functions;
and the abdomen contains the organs that perform diges-
tive, reproductive, and respiratory functions. Segmentation
and tagmatization are expressed differently in various taxo-
nomic groupings. In some taxa abdominal segmentation is
minimal, and many groups have the head and thorax fused.

A third fundamental feature of arthropods is that they
have a tough, insoluble, cuticular exoskeleton, which
provides structural support and protection from predators
and adverse environmental conditions. The exoskeleton
contains chitin, a polysaccharide polymer of N-acetylglu-
cosamine. Chitin occurs only in arthropods and in fungi
and, after cellulose, is the second most abundant poly-
saccharide in nature. The cuticle is formed by the underly-
ing epidermis, and is subdivided into the inner procuticle
(endocuticle in crustaceans), composed primarily of
chitin, and an outer epicuticle, composed primarily of scle-
rotized or “tanned” proteins. In most terrestrial arthropods
the epicuticle has an external lipid layer, overlain by a
“varnish,” which serves to retard water loss.
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The exoskeleton is not a uniformly hardened structure,
but is composed of a series of relatively hard, inflexible
plates, or sclerites, connected by thinner, flexible articular
membranes that allow for movement of the body segments
and appendages. The cuticle of each segment is divided into
four primary sclerites: a dorsal tergite, two lateral pleurites,
and a ventral sternite. Skeletal muscles are attached to
cuticular ridges and spines arising from the inner surface of
sclerites. Limb segments, or podomeres, are essentially
hollow tubes articulating at condylar surfaces between
adjacent sclerites and moved by internal muscles. In insects,
podomeres of the leg (from proximal to distal) are: coxa,
trochanter, femur, tibia, and tarsus. Legs in other taxa
typically have a different number of podomeres and differ-
ent nomenclature. The structure of the limbs varies greatly
among groups and also among life stages in individual
species. Often, different parts of the appendages bear highly
developed processes and extensions.

Because their exoskeleton does not expand, to
increase in mass, arthropods must undergo ecdysis (molt-
ing), in which the old cuticle is shed and a new one grown.
The molting process is most studied in insects and 
crustaceans but is thought to be similar in other arthropod
groups. In insects, neurosecretory cells in the brain pro-
duce prothoracicotrophic hormone that stimulates glands
in the prothorax to secrete ecdysone (ecdysteroid), which
mediates growth and development and initiates molting.
The stage of the animal between molts is called an instar or
intermolt. The length of each instar and the number of
molts are variable, and depend on the species or external
factors, such as nutrition or temperature. Ecdysis is a criti-
cal stage in arthropod development, and some of the drugs
and pesticides used for controlling arthropods disrupt bio-
chemical reactions in the molting process.

The arthropod coelom is much reduced, and most of
the body cavity consists of a hemocoel in which tissues are
bathed in hemolymph supplied by an open circulatory sys-
tem comprising a dorsal heart and arteries. Nitrogenous
wastes are removed from the hemolymph either by paired
excretory glands (in crustaceans and others) or Malpighian
tubules (in insects). The digestive system is complete and
glandular, and the structures of the gut and associated
digestive organs vary with different feeding strategies.

Respiration in very small arthropods is usually by
direct diffusion across the body surface, while larger
animals use respiratory structures. Most insects, mites, 
and ticks respire through a tracheal system—a series of



intricately branched tubes (tracheae). Tracheae externally
connect with openings in the exoskeleton (spiracles) and
internally extend as very fine tubes (tracheoles) into all
tissues of the body. All crustaceans and most aquatic
immature insects use external gills, whereas most spiders
and many arachnids respire through book lungs—sets of
delicate, sheet-like tissues that function like internal gills.

The arthropod nervous system is capable of allowing
complex behavior, including learned behavior, and consists
of a dorsal brain that is connected to the subesophageal gan-
glia that innervate the mouthparts. Paired, ventral nerve
cords originating from the subesophageal ganglia in turn
connect with paired ganglia in each somite. Sensory organs
are usually well developed; most arthropods have a pair of
multifaceted compound eyes and one to many ocelli, or
simple eyes. In addition, because most depend on chemical
cues for finding food (or hosts) and for conspecific commu-
nication, they have sensitive chemoreceptors. The arthropod
nervous system is the target of most pesticidal chemicals and
antiparasitic drugs. Many of these are designed to interfere
with synaptic or axonic processes, while others interfere with
the chemical communication system.

DEVELOPMENT

With few exceptions, arthropods are dioecious and sexu-
ally dimorphic, and fertilization is internal. Most groups
are oviparous or ovoviviparous. Embryonic development
includes intralecithal cleavage and schizocoely.

Postembryonic development is highly variable. Some
arthropods exhibit direct, or ametabolous, development,
in which the egg hatches into a sexually immature juvenile
that is essentially a miniature version of the adult, and
simply grows larger with progressive molts until reaching
sexual maturity. Usually, development is indirect; the egg
hatches into a larval stage that is structurally dissimilar to
the adult and occupies a different ecological niche. Larvae
are highly variable in form and biology among the various
arthropod taxa.

With indirect development, the larval stage must
undergo structural reorganization, or “metamorphosis,”
before reaching the adult stage. Most crustaceans undergo
anamorphic development (anamorphosis), in which a 
new terminal segment is added at each molt. Some arthro-
pods exhibit gradual or incomplete metamorphosis, or
hemimetabolous development, in which the immature
instars gradually become more like the adult with each molt.
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Most insect orders undergo complete metamorphosis, or
holometabolous development. In this case, larvae do not
resemble adults, even during late instars. After several molts,
the larvae enter a quiescent stage, called a pupa, during which
the entire animal is reorganized into the “imago,” or adult.

Endocrine control of development in insects is medi-
ated by juvenile hormone (JH), and the process is thought
to be similar in other arthropod groups. In the insect, JH is
produced by the corpus allatum, located behind the brain.
Juvenile hormone impedes maturation, and when present
at high levels, maintains larval or nymphal characteristics.
As the immature arthropod continues to grow, the JH titer
decreases, permitting development of adult characteristics.
At some time during the last larval or nymphal instar, JH
drops to undetectable levels, and the animal enters the next
developmental stage—the adult in hemimetabolous taxa,
the pupa in holometabolous insects. Because arthropods
are exothermic, the time spent in each developmental stage
varies considerably with temperature.

CLASSIFICATION

The systematics and phylogenetics associated with such an
immense and diverse assemblage is complex and dynamic.
Classical taxonomic status in the Arthropoda is in large
part based on the morphology and function of appendages
and on the characteristic tagmatization of a given group.
However, scientific advances, particularly the development
of nucleic acid sequence analysis, contribute new sources
of data, which reorganize old taxonomic groupings.
Authorities differ in classification schemes, particularly
regarding higher taxonomic levels.

This text follows the U.S. Department of Agriculture
Integrated Taxonomic Information System (USDA-ITIS)
classification (Retrieved Aug. 9, 2004, from the Integrated
Taxonomic Information System on-line database,
http://www.itis.usda.gov), which divides the Arthropoda
into four subphyla: Crustacea (crustaceans), Chelicerata
(spiders, mites etc.), Hexapoda (insects), and Myriapoda
(centipedes and kin). All but the Myriapoda contain
species that are parasitic on animals.

Arthropods share some characteristics with the
Annelida or segmented worms (leeches, earthworms, etc.),
including external segmentation and a similar nervous sys-
tem, and the two phyla once were considered to be closely
related. However, this is no longer accepted, and the
Arthropoda are now grouped along with the Nematoda



and a few other small phyla into a group called the
Ecdysozoa, all members of which have a cuticle that is
periodically molted6. Legless arthropods, such as some
insect larvae, may be confused with annelid worms, but in
larval insects the body has fewer than 13 segments, while
annelids generally have more than 13 segments.

CRUSTACEA

This large group of roughly 44,000 known species is 
composed of six classes: Branchiopoda (primarily fresh
water crustaceans, including brine shrimp, water fleas,
etc.), Malacostraca (crabs, shrimp, amphipods, pill bugs,
etc.), Maxillipoda (copepods, fish lice, barnacles, etc.),
Ostracoda (seed shrimp), Cephalocarida, and Remipedia. 
Sometimes referred to as “insects of the sea”, crustaceans
are the dominant arthropods in marine habitats, but are
also found in large numbers in fresh water. A few taxa 
are terrestrial. There are comparatively few crustaceans
that parasitize vertebrates, but from a practical standpoint,
any arthropod parasite affecting fishes is probably a 
crustacean.

Crustacean appendages typically are biramous—
that is, having two branches (the exopodite and
endopodite)—but may be secondarily uniramous. Tag-
mata consist of a head (cephalon), thorax, and abdomen,
or a cephalothorax (head fused with one or more thoracic
segments) and abdomen. Most crustaceans have a dorsal
carapace that covers the cephalothorax and sometimes the
entire body. The crustacean head comprises five fused seg-
ments and their corresponding appendages, consisting of
antennules (uniramous first antennae), antennae (second
antennae), and three pairs of mouthparts—one pair of
mandibles and two pairs of maxillae. One or more pairs of
thoracic appendages may be modified for feeding and are
called maxillepeds. In most crustacea, the coxae of at least
some of the feeding appendages are modified for grinding
food and passing it to the oral cavity. The remaining 
thoracic appendages are adapted for walking or swimming
and are called pereiopods. Gills are always present on larger
forms.

Development in most crustacean groups is anamor-
phic. The typical larva is a nauplius (plural: nauplii), which
bears three pairs of swimming appendages (corresponding
to the antennules, antennae and mandibles) and a single
median eye, and shows little or no body segmentation. The
nauplius goes through a series of instars, developing into a
sexually immature juvenile stage that is structurally similar
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to the adult. With progressive molts, the juvenile crustacean
increases in mass and adds segments, appendages, and other
features until reaching the adult stage.

Two crustacean classes, Copepoda (copepods) and
Branchiura (branchiurans), contain species that are para-
sitic on marine and freshwater fishes, and thus might be
found on laboratory animals. An additional group, the
Pentastomida (pentastomids or tongue worms), is com-
posed entirely of unusual parasites of terrestrial vertebrates.

COPEPODS

Most copepods are free living, but as a group, they show
great variation in exploiting symbiotic niches. Some free-
living species serve as intermediate hosts for medically
important parasites, including the broad fish tapeworm
(Diphyllobothrium latum) and the guinea worm (Dracun-
culus medinensis). Parasitic copepod species feed on body
fluids or skin secretions of fishes, and are important pests
of many marine and freshwater species, sometimes causing
severe damage to fisheries4.

Copepods typically have elongated, segmented bodies
consisting of a head, thorax, and abdomen. The carapace is
reduced or absent. Most have a single, simple eye in the
middle of the head. Female copepods retain their eggs in
egg sacks, a pair of which protrudes finger-like from the
posterior of the animal. Copepod development is anamor-
phic: the egg hatches into a nauplius that metamorphoses
into a juvenile form called a copepodid. Some parasitic
copepods (e.g., Lernaea, or anchor worms) are particularly
suited to a permanent parasitic lifestyle, and thus are
unrecognizable as copepods (or even as arthropods) except
during early larval stages.

BRANCHIURANS

Branchiurans, or fish lice, are a small group of 130 known
species, all of which are ectoparasites of fishes, although
some can use frogs and tadpoles as hosts7. They are broadly
oval, dorsoventrally flattened, have a broad carapace
almost entirely covering the body, and have large, distinc-
tive compound eyes. Appendages on the head are modified
into hooks, spines and suckers for attaching to the host,
and mouthparts are adapted for piercing the skin of the
host and sucking blood and body fluids (Figure 6.1)8.
Branchiurans are good swimmers. They can easily relocate
to a different host, and female fish lice leave the host to lay
their eggs on the substrate. When they locate a new host



they typically attach behind the operculum or a fin, which
reduces the likelihood they will be brushed or washed off
of the host.

PENTASTOMIDS

The taxonomic status of the pentastomids (also called pen-
tastomes or tongue worms) historically has been uncertain,
but most evidence places them near the Branchiura in a
class or subclass, the Pentastomida9-11. They are a small
group (about 70 species) of mostly tropical to semitropical,
hematophagous, pulmonary, or nasopharyngeal parasites,
usually of snakes, lizards, amphibians, and crocodilians. A
few species parasitize sea birds, canines, or felines. They are
morphologically and biologically atypical of arthropods,
and their phylogenic relationships have been problematic.

Superficially, pentastomids resemble annelids; they
have wormlike, elongate, segmented bodies and lack
antennae, eyes, obvious appendages, or other typical
arthropodan features (Figure 6.2). A characteristic of all
adult pentastomids is the presence of two pairs of
retractable hooks, often at the end of stubby, leg-like
appendages, adjacent to the mouth (Figure 6.3). Super-
ficially, the two pairs of retracted hooks resemble four
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Fig. 6.1 (Left) Argulus from black bass. (Right) Argulus japonicus male, ventral view. (Left) courtesy of W.A. Rogers, Southeastern Cooperative Fish
Disease Project, Auburn University. (Right) reproduced from Hoffman, G.L. (1967). Used with permission.

additional mouths, hence the source of the subclass name
(penta � five, stoma � mouth). The hooks serve to attach
the worm to the host and to tear host tissues, releasing
blood and fluids for ingestion by the parasite.

In the more evolved pentastomid species, the life cycle
is heteroxenous and similar to that seen in many cestodes.
The female lays eggs that pass up the trachea of the host,
where they are expectorated or swallowed and passed out
with the feces. A suitable intermediate host (including sev-
eral species of fish, reptiles, amphibians, mammals, or
insects) then ingests the eggs, which hatch in the intestine.
Newly hatched larvae penetrate the gut wall and migrate
through the body, eventually encysting in body tissues—
usually in the viscera—and metamorphosing into quies-
cent nymphs. The definitive host is infected by eating
animals or viscera containing nymphs.

Pentastomids have public health importance, because
some species can use humans as either intermediate or
definitive hosts. Human infection by Linguatula serrata, a
parasite of dogs and other carnivores, causes nasopharyn-
geal pentastomiasis known as “halzoun” or “marrara” in
parts of Asia, North Africa, and the Middle East. Infection
occurs when nymphs are ingested with raw or under-
cooked viscera of ungulate animals.
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CHELICERATA

The Chelicerata includes roughly 70,000 species distrib-
uted in three classes. The Merostomata (horseshoe crabs)
and the Pycnogonida (sea spiders) are two small classes of
marine arthropods. The Arachnida (arachnids), is by far
the largest and most diverse class, and contains the para-
sitic mites and ticks.

Chelicerates typically have six pairs of appendages and
do not have antennae. In most taxa, the body has two dis-
tinct divisions: the prosoma (cephalothorax), which is the
fused head and thorax, and the opisthosoma (abdomen).
The prosoma comprises six segments and their respect-
ive appendages. The chelicerae are post-oral feeding
appendages, which may be chelate (pincer-like) or bear
fangs. The second pair, the pedipalps, are variously
modified for sensory, defensive, feeding, or reproductive
functions. The remaining four pairs of appendages are
walking legs. In most chelicerates, the coxae of one or
more pairs of appendages are modified for grinding food
and passing it to the oral cavity. The opisthosoma primi-
tively comprises up to 12 segments, but abdominal seg-
mentation is reduced or absent in many taxa. In several
taxa the opisthosoma terminates in a tail, but appendages
on the abdomen are usually absent.

Arachnida

The class Arachnida comprises the orders Acari (mites 
and ticks), Amblypygi (whipspiders), Araneae (spiders),
Opiliones (daddy longlegs), Palpigradi (microscorpions),
Pseudoscorpiones (pseudoscorpions), Ricinulei (ricin-
uleids), Schizomida (short-tailed whipscorpions), Scorpi-
ones (scorpions), Solifugae (sun spiders), and Uropygi
(whipscorpions)6. Spiders make up the majority of the more
than 38,000 species in the class, followed by ticks and mites
with more than 30,000 species. While there are some ven-
omous spiders and scorpions that could potentially affect
laboratory animals, by far the most medically important
arachnids are the parasitic ticks and mites in the order Acari.

All species of ticks and several species of mites are 
cosmopolitan parasites of endothermic and exothermic
animals. Ticks and mites are morphologically similar, yet
they have distinct differences. Most notably, ticks are large
and easily macroscopic, while most mites, especially those
species that are animal parasites, are small to microscopic.

The classification of the Acari is unsettled, and can get
somewhat complicated. Krantz12 proposed two orders:
Acariiformes (acariform mites) and Parasitiformes (ticks

Fig. 6.3 Linguatula serrata nymph. Note spinous body rings and the
two pairs of binate hooks. Courtesy of A. Fain, Institut de Médicine
Tropicale Prince Léopold.

Fig. 6.2 Linguatula serrata. (Left) Male. (Right) Female. Courtesy of
A. Fain, Institut de Médicine Tropicale Prince Léopold.



and parasitiform mites). Evans13 elevates the Acari to sub-
class level and recognizes two superorders and seven orders.
However, the primary difference between classification
systems is the level (i.e., subclass, order, or suborder)
assigned to the taxa. This text follows the classification of
Barnes3 as modified by Triplehorn and Johnson6, in which
the Acari form an order comprising six suborders. The
suborder Ixodida contains the ticks, and the suborders
Mesostigmata, Prostigmata, and Astigmata contain
parasitic mites that might be encountered in laboratory
situations. The suborders Opilioacariformes and Oribatida
are composed entirely of free-living species, but some 
oribatid species are important as intermediate hosts of
Moniezia expansa, a tapeworm of ruminants.

In the Acari, the prosoma and opisthosoma are fused,
and there is no apparent segmentation. This situation has
given rise to a special nomenclature for the body regions of
this group. The capitulum, or gnathosoma, is the “head,”
composed of the segments of the mouth and its
appendages. The rest of the body is the idiosoma.

Larval Acari have three pairs of legs and adults gener-
ally have four pairs; however, some adult mites have only
one to three pairs. The mouthparts of the parasitic Acari
are modified for specialized feeding. The feeding structures
arise from a basal structure called the basis capitulum,
the shape of which is taxonomically important. The pedi-
palps are modified for holding a fold of skin while the
chelicerae lacerate the folded tissues. The hypostome,
composed of the fused coxae of the pedipalps, is a rod-
shaped structure that is inserted into the host during feed-
ing to suck up the blood or lymph flowing into the wound.
The hypostome of ticks is armed with recurved teeth,
allowing for attachment to the host. In mites, the hypo-
stome is smooth, and chelicerae are often modified to aid
in attachment.

Suborder Ixodida (ticks)

The suborder Ixodida contains two subfamilies: the Ixodi-
dae, or hard ticks, and the Argasidae, or soft ticks. All 
ticks have four stages in their life cycle: egg, a six-legged 
larval stage, and eight-legged nymphal and adult stages.
Depending on species and availability of hosts, the life
cycle may require from a few weeks to a few years to com-
plete. Although some ticks are host-specific, most will feed
on any suitable host. Many tick species can survive with-
out feeding for several years.

Much of the behavior associated with ticks is under
hormonal control. Tick pheromones have been recognized
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that influence aggregation, attachment, and reproduction.
Mating behavior is typically species-specific, complex, and
controlled at several stages by these chemicals.

Ticks can cause significant damage to their hosts.
Heavy tick burdens cause dermatosis, secondary infec-
tions, debilitation, and anemia. Several tick species pref-
erentially engorge in the ears of the host, a condition
called otoacariasis, causing serious irritation, internal ear
infections, or damage to external structures. A condition
known as “tick paralysis” or “tick bite paralysis” affects
man, cattle, dogs, and other mammals when certain tick
species attach near the base of the skull. This apparently
results from salivary secretions by the tick, and is quickly
remedied when the tick is removed. In addition to
directly harming hosts, ticks are excellent vectors for a
large number of parasitic, bacterial, rickettsial, and viral
diseases.

Family Ixodidae, the hard ticks, includes more than
800 species, and is divided into three subfamilies com-
prising ten genera: Ixodes (Figure 6.4); Amblyomma
(Figure 6.5); Haemaphysalis, Aponomma, and Dermacentor
(Figure 6.6); Rhipicephalus; Anocentor; Hyalomma;
Boophilu; and Margaropus. Hard ticks usually inhabit envi-
ronments with somewhat humid conditions.

In the ixodids, the capitulum projects anteriorly and
can easily be seen when viewed dorsally. Other characteris-
tics include a large sclerite (scutum) covering much of the
idiosoma, eyes (when present) located on the scutum, 
sexual dimorphism (e.g., females are larger than males and
the scutum of the female does not completely cover the
idiosoma), and stigmatal (spiracular) plates behind the
fourth pair of legs, and the posterior margin of 
the opisthosoma is often subdivided into sclerites called
festoons (Figure 6.7). In addition, all Ixodidae have only
one nymphal instar.

Depending on species, female ixodids lay 100 to
20,000 eggs that hatch into larvae (“seed” ticks) that then
climb onto low vegetation and extend their front legs in
response to a passing host—a behavior that is referred to as
“questing.” Once they attach to a host and obtain a blood
meal, they molt to an eight-legged nymphal stage, then
they must again feed and molt to the adult stage.

During the feeding process, ixodids secrete a salivary
substance that cements them to the host, preventing them
from being easily dislodged. The engorgement process in
hard ticks may take several days to complete. Copulation
occurs on the host with the male tick producing a sper-
matophore that is placed under the genital operculum of



the female. The engorged, fertilized female drops off the
host and deposits her eggs in the soil or litter. The final
blood meal is terminal, and after mating and oviposition,
the adults die.

Hard ticks exhibit a variety of life histories, depending
on the number of hosts on which they complete their 
life cycle. If the larval, nymphal, and adult stages of a tick
species are completed on the same host, it is a one-host tick.
If the larval and nymphal stages are completed on one host,
and the nymph drops off to find and attach to another host
on which it attains the adult stage, it is a two-host tick.
However, most ixodids are three-host ticks, completing the
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larval, nymphal, and adult stages on three different host
animals.

The family of soft ticks, or Argasidae, includes more
than 160 species in five genera, including Argas, Ornithor-
doros, Otobius, Nothoaspis, and Atricola. Nothoaspis and
Atricola spp. infest cave-dwelling bats in North and
Central America and would not normally be encountered.
In general, argasid ticks inhabit environments of extremely
low relative humidity.

Argasid ticks have a capitulum that is subterminal and
cannot be seen in dorsal view. The capitulum lies in a
groove called the camerostome. Additionally, soft ticks do

Fig. 6.5 Amblyomma americanum. (Left) Male. (Right) Female. Courtesy of G.M. Kohls, Rocky Mountain Laboratory.

Fig. 6.4 Ixodes scapularis. (Left) Male. (Right) Female. Courtesy of U.S. Department of Agriculture.



not have festoons or a scutum, eyes are on the lateral 
margins of the body, stigmatal plates are behind the 
third pair of legs, and there is little sexual dimorphism
(Figure. 6.8).

Some argasid ticks seek hosts by questing on low-
lying vegetation, but most are nest parasites that rest in
sheltered environments such as burrows, caves, or nests.
Life stages of Argasids are not easily distinguishable. Larvae
usually remain on the host until molting, but nymphs and
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larvae may leave the host between feedings. They typically
feed quickly and hide nearby until the next feeding. Unlike
ixodid ticks, many argasids go through multiple nymphal
stages. Adult females deposit small batches of eggs in their
hiding places between blood meals.

Suborder Mesostigmata

Mites of the suborder Mesostigmata are more closely related
to the ticks than to other mites. They are characterized by

Fig. 6.6 Dermacentor andersoni. (Left) Male. (Right) Female. Courtesy of G.M. Kohls, Rocky Mountain Laboratory.

Fig. 6.7 Amblyomma male, dorsal view. Courtesy of U.S. Department
of Agriculture.

Fig. 6.8 Ornithodoros turicata adult male, dorsal view. Courtesy of
U.S. Department of Agriculture.



having one or more sclerotized ventral plates, a large dorsal
scutum, and a single pair of lateral stigmata on the idiosoma,
located just behind and lateral to the third coxae14. A tra-
cheal trunk (peritreme) usually extends anterior from each
stigma, which makes it easy to recognize species belonging
to this suborder. Although the majority are nonparasitic,
numerous species are parasitic, some of which are capable of
transmitting viruses, rickettsiae, bacteria, protozoans, and
helminths.

Important families within this suborder are Laelapti-
dae, Halarachnidae, Dermanyssidae, and Rhinonyssidae.
Laelaptidae is a cosmopolitan family that includes a large
number of diverse genera. They are the most common
ectoparasites of mammals, and some species parasitize
invertebrates. Halarachnids are parasites of the respiratory
systems of mammals. Dermanyssids are parasites on verte-
brates and are of considerable economic and medical
importance. Rhinonyssids are parasitic in the respiratory
tracts of many species of birds.

Suborder Prostigmata

The Prostigmata are structurally and biologically diverse
and include some of the most common parasites of ani-
mals. Important families with parasitic members include:
Cheyletidae, Pyemotidae, Psorergatidae, Demodicidae,
and Trombiculidae. Larvae of species in the Trom-
biculidae are called chiggers, which are cosmopolitan
ectoparasites on a variety of wild and domestic vertebrates
worldwide15. Larvae of some chigger species are vectors of
Rickettsia tsutsugamushi, which causes scrub typhus in wild
rats and man.

Suborder Astigmata

Mites of the suborder Astigmata are closely related to the
Prostigmata. They are soft bodied in all life stages. Sexual
dimorphism is common, and the males usually have
prominent adanal suckers. Astigmatids lack a tracheal sys-
tem and respire through the tegument. They lack tarsal
claws and have sucker-like structures on their pretarsi.
Some of the most important parasitic mites, the itch mites
or mange mites, belong to this suborder. Important astig-
matid families include Psoroptidae, Sarcoptidae, Knemi-
dokoptidae, and Pyroglyphidae. Members of Psoroptidae
feed on lymph produced by piercing the skin at the base of
the hair, which causes severe inflammation and scabbing.
Sarcoptids are morphologically similar to psoroptids.
These mites burrow into the skin of the host, forming
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tunnels within the subcutaneous layers of tissue and caus-
ing severe pruritus. Knemidokoptid mites are very similar
in morphology and biology to the Sarcoptidae. Species of
this family also burrow into the skin of the host.

HEXAPODA

The insects and their kin are the largest and most familiar
group of arthropods, comprising more than 800,000
described species. Hexapoda includes 28 orders in the class
Insecta, plus a group collectively called the Entognatha—
three orders of primitively wingless hexapods exhibiting
ametabolous development. Insecta is usually divided into
the Apterygota, or wingless insects, consisting of two
wingless orders, and the Pterygota, or winged insects,
which comprises the remaining 26 orders and accounts for
most hexapod species, including all taxa of veterinary
interest. Parasitic insects that can affect laboratory animals
are found in the orders Hemiptera (bugs), Pthiraptera
(lice), Siphonaptera (fleas), and Diptera (flies).

All hexapods are characterized by having three pairs of
legs; uniramous appendages; one pair of antennae; and tag-
mata consisting of head, thorax, and abdomen. The head is
composed of five fused segments. Mouthparts consist of
one pair of mandibles and one pair of maxillae, along with
accessory structures: the labium (upper lip), labrum (lower
lip) and hypopharynx (a tongue-like structure between the
mandibles). There are two basic types of insect mouthparts:
mandibulate and haustellate. In mandibulate mouthparts,
the mandibles move in a transverse plane, and the insect
bites off and chews solid food. Haustellate mouthparts are
modified into an elongated proboscis, forming a tube
through which liquid food is ingested.

There are three thoracic somites (prothoracic,
mesothoracic, and metathoracic), each with a pair of legs.
Most adult insects also have pairs of wings on the
mesothoracic and metathoracic somites. Wings of insects
are not typical arthropod appendages; they actually are
outgrowths of the lateral wall of the thoracic segments.
Insect wings typically are thin and membranous, and are
supported and strengthened with hollow veins that may
contain tracheae, nerves, and hemolymph. In groups that
are entirely parasitic (e.g., lice and fleas), as well as some
parasitic species in other orders, adults are secondarily
apterous, an adaptation to life as permanent ectoparasites.
The abdomen is made up of a maximum of 11 abdominal
segments, with reproductive appendages on the terminal
segments.



Insects exemplify all of the biological and ecological
diversity previously described for the phylum Arthropoda
with one notable exception: very few insects have exploited
the marine environment. Most insects are terrestrial, but
many are aquatic in fresh or brackish water for part or all
of their life cycles.

Hemiptera

The hemimetabolous true bugs form the order Hemiptera,
which contains about 35,000 species6. While morphologi-
cally and biologically diverse, the unifying characteristic 
of the order is unique; haustellate mouthparts composed
of four piercing stylets (the mandibles and maxillae)
enclosed in a slender, flexible sheath (the labium) that is
usually segmented. The maxillae enclose a food channel,
through which food is withdrawn, and a salivary channel,
through which saliva is injected. The proboscis typically
projects backwards under the head and thorax when at
rest, and is only extended for feeding.

While most hemipterans are plant parasites or insect
predators, using their mouthparts to suck plant sap or insect
hemolymph, a few are parasites of vertebrates4. Polyctenidae
are highly evolved parasites of bats. They are quite rare and it is
unlikely they would be observed on laboratory animals. The
Cimicidae and some of the Reduviidae are obligate, inter-
mittent ectoparasites, sucking blood of vertebrate animals.

Cimicidae

The family Cimicidae contains more than 70 species in 22
genera16. Most genera are ectoparasites of bats, while
others are pests of man, various mammals, chickens, and
nesting birds. Many are local in distribution and of little
medical or veterinary importance, but some species are
extensively distributed. Most species will feed on other ver-
tebrates when preferred hosts are unavailable.

Cimicids are dorsoventrally flattened, broadly oval,
reddish brown bugs approximately 6 mm long. They have
reduced wing pads but no actual wings. The integument is
sparsely covered with short hairs or bristles (Figure 6.9).
They have a distinctive, foul odor that is very noticeable,
particularly with a large infestation.

Bed bugs hide in cracks and crevices near the hosts,
feeding for 5- to 10-minute periods and then returning to
their hiding places. Females lay up to 500 eggs in batches of
10 to 15 in their hiding places. Most species have five
nymphal instars, each approximately one week long, with a
blood meal required before each molt. A blood meal is also
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required by females prior to oviposition and by males prior to
mating. Bites by cimicids typically do not cause lesions when
reared on animals under laboratory conditions. The most
common pathologic effects are annoyance and loss of blood.

Reduviidae

Most reduviid bugs are predators on other arthropods, but
those in the subfamily Triatominae, a group of about 110
species in 14 genera, are obligately hematophagous on ver-
tebrates17. Commonly known as “kissing” bugs, blood
sucking conenoses, cone-nosed bugs, or Mexican bedbugs,
they are mainly tropical and subtropical, and are restricted
to the Western Hemisphere and the Oriental region.

These are large insects, with some species exceeding
40 mm in length. They have a long, narrow, freely articu-
lated, cone-shaped head with four-segmented antennae
and a slender, three-segmented proboscis. Large, com-
pound eyes are located midway or farther back on the sides
of the head. The edges of the abdomen extend laterally
beyond the folded wings and in many species are marked
with orange or yellow spots (Figure 6.10).

Kissing bugs feed readily on a wide variety of mam-
malian hosts, including humans4.

Triatomines tend to be specific in habitat preference,
with several species favoring structures that provide cracks

Fig. 6.9 Cimex lectularius female. Courtesy of M. Dorothy Cox and
Loma Linda University.



and crannies for hiding places. Females lay a few dozen to
1,000 eggs in their preferred haunts. There are five instars per
generation, and typically one generation per year. As with
other hematophagous bugs, they spend most of their time in
hiding, emerging at night to acquire a blood meal. Adults
feed at least once per week, but can go without a blood meal
for months at a time. The feeding bite is relatively painless.

The group is of great public health importance
because several species are vectors of the protozoon parasite
Trypanosoma cruzi, the causative agent of Chagas’ disease,
which affects man and other susceptible hosts throughout
much of Central and South America. Dogs, cats, and rats
are the most important reservoir hosts around human
habitation.

Pthiraptera

The louse family comprises about 3,500 species and for-
merly was separated into two orders: Mallophaga (chewing
lice) and Anoplura (sucking lice). Current classification
places 18 families into four suborders: chewing lice in the
Rhyncopthirina, Amblycera, and Ischnocera, and sucking
lice in the Anoplura. Both chewing and sucking lice are
important pests of many species of laboratory animals,
including rats, mice, guinea pigs, dogs, cats, and birds.

Lice are small insects, 1 to 4 mm in length, and are
yellowish to blue-black in color. All are well adapted for
parasitism; they are apterous and dorsoventrally flattened,
with eyes either reduced or absent. Lice typically have stout
legs with claw-like tarsi for clinging to hair or feathers.

A simple feature used to separate chewing lice from
sucking lice is that the head of chewing lice is short and
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Fig. 6.11 Trichodectes canis female, dorsal view. Courtesy of R.D.
Price, University of Minnesota.

Fig. 6.10 Rhodnius prolixus male. Courtesy of M. Dorothy Cox and
Loma Linda University.

blunt and is typically broader than the prothorax 
(Figure 6.11). Chewing lice have mandibulate mouthparts
and feed on bits of skin, fur, or feathers. However, some
chewing lice of fowl bite through the feather shaft to feed
on blood in the quill.

In contrast, the heads of sucking lice are often 
elongate and pointed, and are narrower than the prothorax
(Figure 6.12). Sucking lice suck blood, and have mouth-
parts that are unlike any other arthropod group. The
mouthparts are made up of three, unsegmented stylets,
derived from the fused maxillae, the hypopharynx, and the
labium18. When at rest, the stylets are retained in an eversi-
ble, saclike structure below the esophagus. During feeding,
the stylets are everted through a haustellum at the anterior
end of the head, penetrating the host tissues.

Lice are cosmopolitan, permanent, obligate ectopara-
sites of many species of endothermic animals. Chewing
lice infest both mammals and birds, while sucking lice
infest only mammals. They are highly host-specific and
cannot complete a life cycle away from their preferred
hosts, but will sometimes feed on an abnormal host. Many
animals are hosts to more than one louse species, with each
species tending to be found on a particular anatomical area
on the host.



Louse eggs, called “nits,” are glued to hairs or feathers
and development is hemimetabolous with three nymphal
instars. Generational times are two to four weeks under
normal environmental conditions, but longer under hot or
cold conditions. The number of lice on infested animals
typically tends to increase in winter. Lice are transmitted
mainly by direct contact between animals, but can be
transmitted by sharing contaminated roosts, nesting areas,
and similar sites.

Siphonaptera

More than 2,000 species of fleas are cosmopolitan, tempo-
rary, obligate ectoparasites of mammals and birds1. They
are small, heavily sclerotized, bilaterally flattened, and sec-
ondarily apterous (Figure 6.13). Most fleas are reddish
brown to black in color, but some species are tan or yellow,
and all species feed exclusively on blood.

Adult fleas are 1 to 4 mm long, and males are charac-
teristically shorter than females. Many of the morphologi-
cal features of fleas are unique among the arthropods. The
head has limited movement and is broadly joined to the
thorax. Mouthparts are piercing sucking type. On the
sides of the head capsule are grooves, containing the tiny
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antennae. Eyes, if present, are located anteriorly to the
antennae. Several species have a genal (or oral) ctenidium,
a conspicuous comb-like structure composed of heavy
spines, arising from the ventral margin of the head and sur-
rounding the mouthparts. Some species also have a prono-
tal ctenidium arising from the posterior margin of the first
thoracic segment. The body of the flea also has a number
of caudally directed setae. Ctenidia and body setae are
adaptations that assist the flea in retaining itself among the
fur or feathers of its host. The metathoracic legs are highly
developed for jumping.

Fleas undergo holometabolous development. The
adult female produces about 15 to 20 eggs per day, up to a
total of about 500, usually ovipositing while on the host.
High humidity favors oviposition. The eggs drop from the
host’s body, typically into the nest or other area frequented
by the host. Eggs are large (0.5 mm) compared to the adult
flea. Larvae are white, legless, and eyeless, and have rows of
stout hairs encircling the body. They have chewing mouth-
parts and feed on protein-rich organic detritus, especially
the digested blood available in the feces of adult fleas.
Larval fleas cannot close their spiracles, and therefore are
sensitive to low humidity. There are usually three larval
instars, at the end of which the fully developed larva
pupates within a silken cocoon that it spins from salivary
secretions. Under ideal environmental conditions, the life
cycle of most species requires from 20 to 75 days to
complete, but low temperatures can extend the larval
period to more than 200 days and the pupal stage to nearly
a year.

Fig. 6.12 Polyplax serrata female, ventral view. Courtesy of K.C. Kim,
Pennsylvania State University.

Fig. 6.13 Ctenocephalides canis female. Courtesy of R.E. Lewis, Iowa
State University.



Depending on species, adult fleas can survive without a
blood meal for up to 125 days, and periodically fed fleas have
lived for more than three years under conditions of high
humidity1. Such longevity allows flea-transmitted pathogens
to survive long periods when vertebrate hosts are absent.

In general, fleas are not particularly host specific,
although they have preferred hosts. Most are parasites of
mammals, but about 100 species parasitize birds19. Most
species easily transfer to other hosts, and are typical nest
parasites; they are seldom on the host and spend most of
their time in the host’s lair. In some species, females attach
permanently by their mouthparts to the host, while in a
few other species, females penetrate the skin and are true
intracutaneous parasites.

Families of fleas are separated principally by structure of
the head and abdomen, and by the placement of various setae
or bristles. Identification to species often requires dissection
and examination of female genitalia. Siphonapteran families
with medically important fleas that might be encountered 
on laboratory animals include Pulicidae, Ceratophyllidae, 
Letpopsyllidae, and Tungidae.

Diptera (true flies)

Diptera is one of the largest orders of insects, containing
more than 150,000 species in approximately 140 families.
Some flies, while not parasitic, breed and feed in filth and
can cause significant irritation and mechanically transmit
disease organisms to animals and man. Others are
hematophagous as adults, while still others cause myiasis as
larvae. Although many species of flies affect vertebrates,
few are important pests of laboratory animals. Parasitism
by flies is typically intermittent, and most likely encoun-
tered in animals collected from the wild, housed in
outdoor facilities, or received from outside sources.
Continued parasitism would be expected only in animals
housed outdoors or subject to invasion from outside.

Adult diptera have only one pair of functional wings
(di�two, ptera�wings) on the mesothorax. The metatho-
racic wings are reduced to knoblike structures, the halteres,
which function to maintain stable flight. Some ectopara-
sitic species are secondarily apterous. Mouthparts of adult
flies are haustellate, but their structure varies considerably.
In the hematophagous groups, mouthparts are modified
for piercing or lacerating tissues and for sucking or lapping
blood. In other groups they are modified for sponging or
lapping liquids, and, in a few species, they are vestigial or
absent.
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All Diptera are holometabolous. Most are oviparous,
but some are ovoviparous (larviparous), with larvae being
retained in the female after hatching. Retained larvae are usu-
ally deposited after the second instar, but in a few taxa, they
are retained through complete larval development, with
pupation taking place shortly after deposition. Dipteran lar-
vae typically require a wet medium for development, and
therefore are usually aquatic, semi-aquatic, or endoparasitic.

Identification of both the immature and adult stages of
Diptera can be difficult and is best left to a specialist. Iden-
tification of larvae can involve dissection of mouthparts and
examination of respiratory structures; whereas identifica-
tion of adults is based on the structure of antennae and legs,
on the pattern of wing venation, and on the distribution of
setae and bristles on the body surface. In some groups,
identification to the species level requires microscopic
examination of reproductive structures or mouthparts.

Diptera is divided into two suborders, Nematocera
and Brachycera, which are differentiated mainly by the gen-
eral morphology of the larval and pupal stages and by the
structure of antennae in the adult stage. In the Nematocera,
the antennae are filamentous, usually longer than the head,
and composed of many (more than three) relatively undif-
ferentiated segments. Antennae of males are usually
plumose. Nematoceran larvae have a well-developed head
capsule with mandibulate mouthparts. In the pupal stage,
appendages are not attached to the rest of the pupa, and, in
many taxa, the pupae are free-swimming and capable of
directed movement.

The Brachycera typically are robust flies, in which the
antennae are reduced to three segments. The third segment
is usually stylate or aristate, or it may be divided into a
number of subsegments. In most brachycerans, particu-
larly in the muscoid flies (a grouping of families sharing
characteristics with the house fly), larvae are called mag-
gots. They are cone-shaped and legless, and have a trun-
cated posterior, on which is located a pair of respiratory
spiracles. The head is vestigial, consisting primarily of a
pair of mouth hooks that move in a vertical plane. Pupae
of Brachycera are retained in a structure called a puparium
that is formed by the cuticle of the last larval instar.

Blood-feeding Flies

Hematophagous flies are found in the nematoceran families
Ceratopogonidae, Culicidae, Psychodidae, and Simuliidae,
and in the brachyceran families Tabanidae, Hippoboscidae,
and Muscidae. Only females of the ectoparasitic nemato-
cerans are hematophagous, requiring blood protein for egg



production. Males generally feed on nectar or plant juices.
In hematophagous Brachycera, both males and females feed
exclusively on blood.

Ceratopogonidae (biting midges)
Also called “punkies” or “no-see-ums,” biting midges are
minute (1 to 4 mm long) biting flies, typically with dark
spotting on the thorax and wings. Culicoides is the most
prevalent genus, with species distributed worldwide.
Although their bite is irritating, species of Culicoides
midges are important primarily as vectors of pathogens1,20.

Culicidae (mosquitoes)
Mosquitoes are the most important insect vectors of
human disease and the most common bloodsucking
arthropods4. They are small flies, approximately 2.5 to 
6 mm long, with long legs and wings and a long, slender
abdomen and proboscis. Mosquitoes are found worldwide
in practically any environment that provides developmen-
tal conditions that ensure completion of their life cycle.

There are four important genera affecting endo-
thermic laboratory animals: Culex, Aedes, Ochlerotatus, and
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Anopheles. Most Culex mosquitoes are ornithophilic
nocturnal feeders. Aedes and Ochlerotatus (formerly placed
in the genus Aedes21) species are typically diurnal or crepus-
cular feeders. Anopheles spp. are nocturnal and crepuscular
feeders.

Mosquitoes develop almost exclusively in standing
water, and oviposition sites are somewhat species specific.
Certain mosquito species are associated with floodwater
(including flood irrigation), snowmelt, tree holes, artificial
containers, or salt marsh pools. Some mosquitoes lay eggs
either singly or in rafts on the water surface, while others
(typically, floodwater species) oviposit on the ground in areas
that will become flooded. Many species readily enter build-
ings and oviposit in standing water in drain traps, water
bowls, and similar sites. Larvae feed actively on algae, small
animals, and organic debris in the water, and respire air
directly through modified spiracles or siphons on the poste-
rior segments, spending most of the time suspended by these
structures from the surface film. Pupae suspend and breathe
through thoracic siphons and, if disturbed, will tumble
quickly away from the surface (Figure 6.14).

Fig. 6.14 General morphology of mosquitoes (Culicidae). (A) Adult female. (B) Eggs. (C) Larva. (D) Pupa. Courtesy of E.P. Catts, University of
Delaware.



Psychodidae (sand flies)
The Psychodidae are a group of small, hirsute, moth-like
flies. Most psychodids are not parasitic, but those in 
the subfamily Phlebotiminae, commonly called sand 
flies, are hematophagous, and occur in tropical and warm
temperate regions worldwide. Hosts include several species
of reptiles, amphibians, birds, and mammals. Sand flies are
soft and delicate, and they are poor fliers, but are nonethe-
less good vectors of many disease agents22. Sand fly larvae
are not aquatic, but require high humidity and a source of
organic matter to develop. Typical breeding sites include
animal burrows, hollow trees, around buttress roots, and
under dead leaves on the forest floor1.

Simuliidae (black flies)
Black flies are a morphologically homogeneous group of
about 1,300 species in 24 genera, found worldwide wher-
ever there is suitable developmental habitat23. Also known as
turkey gnats or buffalo gnats, they are short (1 to 4 mm),
robust flies, usually gray to black in color but sometimes
brown to yellow. The prothoracic scutum is strongly pro-
nounced, resulting in a prominent hump, and they have
broad, strong wings with characteristically reduced vena-
tion. Immature stages are entirely aquatic in clean, well-
oxygenated flowing water. Gravid females typically oviposit
on rocks or trailing vegetation along the edges of rivers,
streams, irrigation canals, and similar habitats. Larvae attach
to the substrate and filter organic matter from the flowing
water by means of labial fans. Females of most species are
hematophagous, and are very persistent and bothersome,
with a painful bite. Black flies are vectors of several species of
parasitic protozoa and nematodes. Simulium and Cnephia
are the most important genera in the Americas.

Tabanidae (horse flies and deer flies)
These are mostly medium to large (6 to 25 mm), heavy-
bodied flies comprising about 4,000 species in up to 80
genera1. The eyes are very large, and often are striped with
bands of bright colors. Females of most tabanid genera are
hematophagous, with bladelike mouthparts adapted for
slicing tissues, and labella adapted for sponging up the
blood that flows from the wound. Tabanids typically
develop in aquatic or semi aquatic conditions, such as in or
along the edge of marshy ponds or in soil bordering
streams, but some species develop in dry pastures or other
areas that rarely hold free water. Eggs are laid on vegetation
or other objects overhanging the preferred developmental
habitat. Larvae are cylindrical, long, and maggot-like, and
have a retractile head with powerful mouth hooks. Larvae
move to drier areas of their habitat prior to pupation.
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Tabanids are notorious biting pests of horses, cattle, deer,
and other mammals, including man, but they are impor-
tant primarily as vectors of a large number of parasitic pro-
tozoa and nematodes, as well as pathogenic bacteria.

Hippoboscidae (louse flies)

Louse flies are all semi-permanent to permanent ectopara-
sites of birds and some mammals, ranging in size from 2.5
to 10 mm. They are typically dark brown and dorsoven-
trally flattened, with tough, leathery bodies and strong,
squat legs. Antennae are short and are inserted into depres-
sions near the mouth. Some species are winged, while
others are apterous for all or part of their life cycles. Larvae
are retained within the female until shortly before pupa-
tion. The most important species of laboratory animals
includes the sheep ked, Melophagus ovinus, and the pigeon
fly, Pseudolynchia canariensis.

Muscidae (filth flies, tsetse flies, and stable flies)

This large, diverse family includes a number of usually dull-
colored, small- to medium-sized flies, the best known of
which is the house fly, Musca domestica. Most are non
biting, but a few genera are hematophagous. Species in the
genera Musca, Fannia, and Muscina are cosmopolitan, non-
biting, synanthropic flies that oviposit on animal wastes or
decaying organic matter. They are not obligately parasitic,
but may occasionally cause accidental myiasis. They are
most important as mechanical vectors of disease agents.

A few species of muscids are ectoparasites of
endothermic animals. Tsetse (Glossina and other genera)
are hematophagous flies native to tropical Africa. Most
members of the genus Stomoxys are found in Asia or Africa,
but the most common species, with worldwide distribu-
tion, is the stable fly, S. calcitrans. The stable fly super-
ficially resembles the house fly, but is differentiated by its
forward-projecting haustellum, as opposed to the sub-
terminal, sponging mouthparts of the house fly.

Flies that cause Myiasis
Myiasis is the invasion of the organs or tissues of vertebrate
animals by fly larvae that feed upon the tissues of the host or
on the ingested food of the host1. Various terms are used to
describe the location and type of myiasis—it may be enteric
or gastrointestinal; dermal, sub-dermal, or cutaneous;
nasopharyngeal; or urogenital. Myiasis is traumatic if it
occurs on an open wound, and furuncular if a boil-like lesion
is produced. If the path of larvae burrowing beneath the skin
can be traced, it is described as creeping. Bloodsucking larvae
of some calliphorid flies cause sanguinivorous myiasis.



Myiasis may also be accidental (pseudomyiasis), facul-
tative, or obligatory. Accidental myiasis occurs when fly
eggs or larvae are ingested, or when it is caused by a species
that is not normally involved with myiasis. Facultative
myiasis occurs when species that normally are carrion-
feeders adapt to a parasitic existence on living vertebrates,
and can be subdivided into primary and secondary faculta-
tive myiases. Species causing primary facultative myiasis
are typically parasitic, but can develop saprophytically.
This situation is reversed in secondary facultative myiasis.
Obligatory myiasis occurs when a species is unable to com-
plete its life cycle without a living host.

Important fly species that cause facultative or obliga-
tory myiasis are in the muscoid families Calliphoridae, 
Sarcophagidae, and Oestridae. James24 and Zumpt25 review
the literature and provide identification keys to immature
and adult flies that cause myiasis in man, and Baumgart-
ner26 provides a review and host list of nearctic blow flies
and flesh flies that cause myiasis in wild vertebrates.

Calliphoridae (blow flies)
This is a cosmopolitan family, most members of which are
about the size of a housefly or slightly larger. They are gen-
erally metallic green, blue, or copper in color, and most
species have dark stripes on the thorax. Adult calliphorids
have mouthparts of the sponging-sucking type, and are
omnivorous scavengers that feed on nectar, rotting animal
matter, or excrement. In most species, masses of eggs
(called “blow”) are deposited on carrion, excrement, and
similar materials. However, several genera contain species
that could cause myiasis in animals that have been col-
lected or housed outdoors.

Most calliphorids are involved in facultative myiasis,
with larvae developing in necrotic wounds or on soiled
pelage and only secondarily invading healthy tissue. In
fact, larvae of some species are used for maggot debride-
ment therapy to clean, disinfect, and stimulate healing in
intractable wounds27. Important calliphorids include the
screwworm fly, Cochliomyia hominovorax, endemic in trop-
ical and warm temperate regions over much of the Ameri-
cas; the Old World screwworm fly, Chrysomyia bezziana,
which fulfills a similar niche in Africa, India, the Philip-
pines and East Indies; toad flies in the genus Bufolucilia;
and bird blow flies in the genus Protocalliphora.

Sarcophagidae (flesh flies)
Sarcophagids are widely distributed and common world-
wide. They are morphologically similar to blow flies, and
sometimes are placed with them in a single family, the
Metopiidae6. However, unlike calliphorids, flesh flies are
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never metallic. Flesh flies are overall dull gray in color, and
typically have a gray and black checkered abdomen and
three, longitudinal, gray stripes on the dorsum of the
thorax. Adults feed on sugar-containing materials, such as
nectar and fruit juices, and larvae nearly all feed on some
form of animal material, either as scavengers, as insect
parasites, or as parasites of vertebrates. Important genera
include Wohlfahrtia and Sarcophaga.

Oestridae (bot flies and warble flies)

This is a small family, all members of which are obligatory
endoparasites of endothermic animals, causing dermal,
nasopharyngeal, or enteric myiasis. Adults typically are large,
hairy, and bee-like. They are non-feeding, and mouthparts are
vestigial or lacking. Oestrids usually deposit eggs or first instar
larvae on or near the host, and the mere presence of host-
seeking adult flies often causes characteristic avoidance or
escape behavior in potential host animals. First-instar larvae
are very active, and enter the body of the host in various ways.
Some species enter the host through natural body openings,
while others work their way through intact skin. Bot fly larvae
commonly are called grubs or bots, and typically are thick,
short, and “C”-shaped, and variously armed with cuticular
spines that aid in maintaining attachment in the host.

Wood28 considers the oestridae to be a monophyletic
group composed of four subfamilies: cuteribrinae (skin
bots, rodent bots, and rabbit bots); oestrinae (nose bots,
head maggots); hypodermatinae (cattle grubs, reindeer
bots), and gasterophilinae (horse bots). These groups were
formerly assigned family status, so, in the older literature,
the group names end in the family suffix (–idae), rather
than in the subfamily suffix (–inae).

All cuterebrines are endemic to the Western
hemisphere, and include two important genera: Cuterebra
and Dermatobia. Cuterebra includes 41 species of North
American bot flies that cause dermal furuncular myiasis in
rodents and lagomorphs, and rarely in other mammals,
including humans. The female fly deposits eggs near a
burrow or nest, and the newly hatched larvae attach to the
first prospective host that brushes against them. The genus
Dermatobia is comprised of one species, D. hominis, the
human botfly or torsalo, which attacks a broad range of
endothermal hosts from Mexico through most of South
America (Figure 6.15).

Species of oestrinae cause either dermal or nasopha-
ryngeal myiasis in sheep, cattle, deer, elephants, camels,
and rodents. Oestris ovis, the sheep nose bot, is an econom-
ically important pest of domestic sheep and goats in the
Americas.
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INTRODUCTION

The intent of this chapter is to describe the parasites of
importance to fishes maintained and used in laboratory
settings. In contrast to the first edition1, the focus will be
only on those parasites that pose a serious threat to or are
common in fishes held in these confined environments.
Parasites emphasized are those capable of spreading,
proliferating, and causing significant disease in research
facilities. For the most part, parasites that are contracted
only in the wild are not addressed. Nevertheless, a few
species of wild fishes are used extensively in laboratory
research (e.g., stickleback, killifishes, sheepshead minnow),

and thus pathogenic parasites that are contracted in the
wild and persist in these fishes after capture are included.

The use of aquatic animal models in research has
significantly increased in recent years, as is exemplified by
the dramatic increase in the use of zebrafish in genetic
research2. Many fish species are used in laboratory
research. However, coverage in this text is limited to the
following fish species: zebrafish (Danio rerio), goldfish
(Carassius auratus), rainbow trout (Oncorhynchus mykiss),
stickleback (Gasterosteus spp.), mummichog (Fundulus
heteroclitus), gulf killifish (Fundulus grandis), sheepshead
minnow (Cyprinodon variegatus), fathead minnow
(Pimephales promelas), and swordtails and platys
(Xiphophorus spp.). Even though the Japanese medaka
(Oryzias latipes) is widely used in aquatic toxicology, 
carcinogenicity testing, and biomedical research, thisTables are placed at the ends of chapters.



species is not included because it appears to be resistant to
infection by most of the common ectoparasites infesting
captive fishes.

As in the previous edition1, the material is organized
by parasite taxa rather than hosts, because the most impor-
tant parasites show very broad host specificity. However,
when appropriate, sections addressing unique characteris-
tics of specific host-parasite relationships are included.

GENERAL PREVENTION STRATEGIES

Parasites with direct life cycles can rapidly proliferate in
confined research systems. Therefore, attention should be
given to preventing the introduction of such pathogens.
Avoidance of introduction of pathogens is accomplished
by 1) using fishes from pathogen-free suppliers, 2) prophy-
lactic treatment with formalin baths or other chemicals to
remove external parasites, 3) holding fishes in quarantine
for several weeks before introduction into the research
facility, 4) avoidance of introducing water with new fishes
into the holding systems, 5) disinfection of incoming
water to the system by either ultraviolet sterilization or
ozonation, and 6) using only eggs for new stock whenever
possible. Eggs should be surface disinfected with either
iodophors (for salmonid eggs) or chlorine (as used for
zebrafish eggs) to remove external pathogens. Reviews 
on quarantine and prevention procedures are provided in
several sources3–6.

Avoidance of parasites begins with purchase of
research fishes from reputable suppliers that can provide a
general disease history of their stocks. It is generally better
to obtain fishes that have been reared in enclosed systems,
versus pond-reared or wild fishes. Aside from certain
stocks of salmonids, most fish suppliers do not provide
specific pathogen free (SPF) fish. Many healthy fish, par-
ticularly those from the wild or ponds, arrive with light
infestations by external parasites.

The most common method to remove these monoge-
neans, ciliates, and flagellates is to immerse them in forma-
lin at 125 to 250 ppm for 30 to 60 minutes7. The toxicity
of formalin baths varies considerably among fish species, so
it is important to test a few individuals before applying this
treatment to large numbers of fish. Copper sulfate baths
may also be used, particularly with marine systems7. These
baths will not remove internal parasites, and thus careful
observation of fish in separate quarantine systems is
advised. In addition, researchers should consider complete
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necropsy and disease evaluations on representative speci-
mens of new stocks of fish before introduction into large or
valuable facilities.

Many facilities maintaining small fishes use dechlori-
nated city water, which will eliminate most fish parasites.
In addition, sterilization of the incoming and recirculating
water may be appropriate. The most common methods 
for disinfecting water entering fish systems are by either
ultraviolet sterilization or ozonation. Certain fishes, such
as salmonids, can be easily transported as eggs5, and new
stocks of those species should be obtained as eggs when-
ever possible. Another useful alternative is to obtain new
fishes as brood stock, hold them in a separate facility,
spawn the fish, and then disinfect the eggs before entry
into the research facility6.

Another important consideration in laboratories
maintaining captive fishes is to prevent the spread of
ectoparasites among aquaria, raceways, and large tanks in
the facility. Because parasites can be spread between tanks
by aerosol spray associated with water aeration8, arrange-
ment of holding tanks should be in a fashion that 
minimizes aerosol contamination. Designing and using 
fitted glass tops for aquaria and tanks is also an effective
means of minimizing aerosol contamination. Parasites can
also be spread among aquaria by contaminated nets. This
type of contamination can be prevented by using a single
net for each aquarium or by disinfecting nets between
tanks.

An excellent method to monitor the overall health of
captive fishes maintained for research is the incorporation
of a sentinel animal program, similar to those used in
mammalian research facilities, into the existing health
monitoring activities. This is accomplished by placing fish
in a location in the facility where they receive effluent from
most tanks to optimize potential exposure to all pathogens
in the facility. One effective practice that we use with
zebrafish is to hold them for about three months and then
examine them by histology. In this case, fishes are exam-
ined by only histology, because specific virus and bacterial
pathogens (other than Mycobacterium spp.) are not well-
described for zebrafish.

PROTOZOA

Phylum Dinoflagellata

Parasitic dinoflagellates infest both freshwater and marine
fishes. The two most important species infesting captive



fishes are Piscinoodinium pillulare and Amyloodinium 
ocellatum. These parasites are very similar morphologically
and have the same life cycles. Piscinoodinium pillulare is a
significant pathogen of both tropical and temperate fresh-
water fishes. Amyloodinium ocellatum is the marine ana-
logue of P. pillulare and is one of the most important
parasites infesting warm water marine fishes.

Piscinoodinium pillulare and 
Amyloodinium ocellatum

Morphology. The non-motile trophont of Piscinood-
inium pillulare measures about 9 to 12 µ long by 40 to 
90 µ wide, is pear-shaped (Figure 7.1), and possesses an
attachment disc from which radiate numerous rod-like
organelles called rhizocysts9. These structures penetrate
into and are firmly embedded in host epithelial cells. The
trophont is covered by a theca and contains well-developed
chloroplasts and starch granules, but no digestive vacuoles.
The disc-shaped chloroplasts are situated at the periphery
of the cell. They also have a single, prominent, spherical
nucleus that contains large dinoflagellate chromosomes.
Trophonts of A. ocellatum are ovoid, mostly up to 150 µm
long, and possess an attachment plate from which radiate
filiform rhizoids and a stomopode9. The rhizoids embed
in the host epithelial cells, and the stomopode is believed
to produce lytic substances. Trophonts are covered by a
theca which is reinforced by plates within thecal alveoli9.
The trophont cytoplasm possesses a spherical nucleus,
digestive vacuoles, and starch grains, but lacks chloro-
plasts.

Hosts. Virtually all freshwater fishes are susceptible
to infestation with P. pillulare when maintained above
17°C to 20°C. Outbreaks of P. pillulare are occasionally
seen in zebrafish research facilities. A. ocellatum is also non-
specific in its host range, infesting most marine teleosts,
including both food and aquarium fishes. Even freshwater
teleosts are susceptible to infestation when they are in
brackish water10.

Life Cycle. After approximately six days of growth
at 25°C, the developed trophont of P. pillulare drops off
the host, sinks to the substratum, rounds up, and becomes
a tomont. It undergoes a series of successive divisions,
resulting in the production of 256 tomites which differen-
tiate into gymnospores9. Gymnospores possess a small
stigma, are motile, and go on to infect other fish hosts.
The life cycle of A. ocellatum is similar to that described
for P. pillulare. Tomonts produce up to 256 infective

PARASITES OF FISHES 71

Fig. 7.1 Piscinoodinium pillulare. Line drawing of an attached
trophont showing the characteristic morphological features. N �
nucleus. S � starch granules. M � mucocyst. A � attachment disc. 
H � host cell. Thick arrows � chloroplasts. Long arrow � flagellar
groove. Reproduced from Lom, J. and Dyková, I. (1992). Used with
permission.

dinospores which attach to a host and differentiate into
trophonts.

Pathologic Effects. Histopathologic changes in the
gills of fishes infested with P. pillulare range from separa-
tion of the respiratory epithelium to lamellar fusion and
prominent epithelial hyperplasia that may involve entire
gill filaments. Eventually there is epithelial cell degenera-
tion and necrosis. Similarly, skin infestations result in
severe hyperplasia, petechial hemorrhages, and erosion of
the epithelium. Fishes heavily infested with A. ocellatum
exhibit widespread pathological changes to the gill epithe-
lium. The gills are edematous and hyperplastic, showing
inflammation and hemorrhage resulting in necrosis of gill
filaments9. This severe gill damage together with anoxia is
the apparent cause of death11.

Clinical Disease. Piscinoodinium is the causative
agent of velvet disease. Infested fishes may exhibit a



golden, velvety hue on the body surface. Clinical signs
include the appearance of discomfort, spreading opercula,
and folding of fins. There may also be excess mucus, dark-
ening of the skin, and petechial hemorrhages. Heavily
infested fishes are lethargic, may hang near the surface of
the water, and exhibit labored breathing. Some fish exhibit
anorexia. Amyloodinium is the causative agent of marine
velvet disease. Heavily infested skin may have a dusty
appearance, but often fishes die without obvious skin
lesions. Fishes with heavy infestations show typical signs of
discomfort, including gasping for air, scratching against
objects in the water, and loss of appetite.

Diagnosis. Piscinoodinium infestations are diag-
nosed by observation of the sac-shaped trophonts in either
wet mounts or histological sections (Figure 7.2). For the
former, P. pillulare is distinguished from many other sur-
face-infesting protists by its lack of motility. A. ocellatum is
diagnosed by finding the characteristic trophonts in wet
mounts or histological sections of skin or gills. The highly
vacuolated cytoplasm and large central nucleus are key
identifying features.

Treatment. Prolonged immersion in salt at about
1 teaspoon/5 gallons is one of the safest and most effective
treatments for P. pillulare infestations. However, very
heavy, life-threatening infestations may require treatment
with a one- to three-minute salt bath in full-strength sea
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water (35 ppt) to dislodge trophonts7. Note that not all
freshwater fishes can tolerate saline baths. Raising water
temperatures to 33°C to 34°C has also been reported to
control infestations12. Copper has been suggested as a
treatment13, but its unpredictable toxicity in soft, acid
freshwater often makes it dangerous to use in aquaria.

The most common treatments for A. ocellatum infes-
tations are copper sulfate and formalin. Copper sulfate is
used at 0.3 to 0.5 mg/l for ten days or formalin at 100 to
200 mg/l for 10 days. For these treatments, it is advisable to
raise the water temperature to 24°C to 27°C to speed up
the life cycle. The presence of off-host developmental stages
should be considered when implementing a treatment
regime. These increased temperatures shorten the time 
for trophont and tomont development, so the motile
infective stages can be exposed to the chemicals. Both
Noga7 and Levy14 show reviews of treatments for 
Piscinoodinum and Amyloodinium.

Prevention. Avoid exposure of fish and water sys-
tems to infected fish, water, nets, or any other items that
have come in contact with infected systems. Quarantining
fish and prophylactically treating them prior to their
introduction into a laboratory system will also help pre-
vent this parasitic dinoflagellate. Treatment of aquaria and
other holding tanks with chlorine bleach followed by
thorough washing with freshwater and then drying of the

Fig. 7.2 Histological section of gills heavily infested with Piscinoodinium pillulare (X). Hematoxylin and eosin. Arrow � early, small stages. 
(A) Low magnification, bar � 50 µm. (B) High magnification showing large nucleus and refractile cytoplasmic granules. Bar � 10 µm.



systems for several days before reuse provides additional
assurance for not spreading the parasite to newly intro-
duced fishes.

Public Health Considerations. Neither of these
parasites pose a threat to public health.

Phylum Euglenenozoa

Ichthyobodo necator

The bodonid flagellate Ichthyobodo necator (Syn. Costia
necatrix) is a common ectoparasitic pathogen of fishes
reared in fresh water15. The parasite exhibits very broad
host and geographic distribution, infecting many species
in freshwater and occasionally in seawater16,17. Cross-
transmission studies17 and recent molecular studies18 indi-
cate that the parasite actually represents an assemblage of
morphologically indistinguishable species with narrower
host specificities.

Morphology. Ichthyobodo necator is a small, actively
swimming flagellate measuring about 10 � long by 5 �
wide. It is one of the smallest ectoparasites that infests
fishes. Two forms are observed: pyriform stages attached to
the surface of gills and skin, and oval or bean-shaped free-
swimming forms (Figures 7.3 and 7.4). The flagellate has a
single, centrally located nucleus which contains a large
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nucleolus. It has two unequal flagella that extend from a
deep flagellar pocket. These flagella are easily visualized by
phase contrast microscopy.

Hosts. Ichthyobodo necator sensulato has very broad
host specificity. It is a dangerous ectoparasite of practically
all freshwater fishes. Goldfish and salmonids appear to be
particularly susceptible, and if untreated, mass mortalities
may occur within a few days. Although most infestations are
reported from captive freshwater fishes, a marine form of the
parasite causes disease in flatfish and salmonids in sea
water17,19.

Life Cycle. Reproduction is by binary division,
which begins with a doubling of the flagellar number9.
Transmission is direct from fish to fish, and no cyst stages
have been detected. The duration that the parasite remains
viable off its host has yet to be determined.

Pathologic Effects. Ichthyobodo attacks the whole
surface of the host. Skin or gill infestations are often very
intense, and the action of the flagellate results in disrup-
tion of the epithelial or epidermal cells, causing widespread
pathological changes (Figure 7.5). Studies with salmonids
have shown degenerative changes and severe hyperplasia in
epidermal cells, exhaustion of goblet cells at the site of
infestation, and hyperplasia of Malpighian cells9.

Clinical Disease. Affected fish exhibit labored breath-
ing and may be listless and position themselves at the surface,
all signs of respiratory distress. Infestations of the body sur-
face are associated with flashing behavior and a grayish cast

Fig. 7.3 Ichthyobodo necator, attached stage. Reproduced from 
Lom, J. and Dyková, I. (1992). Used with permission.

Fig. 7.4 Wet mount of Ichthyobodo necator, free swimming phase.
Phase contrast microscopy.



on the skin. Heavily infested Atlantic salmon in Scotland
were emaciated and anorexic, and swam near the surface19.

Diagnosis. The infestation is identified by observing
numerous flagellate parasites, with the morphology described
above, in wet mounts of the skin or gills. Ichthyobodo
can also be identified on gill surfaces in histological 
sections, but wet mounts are preferred because parasites
may become dislodged from the gills during processing of
tissues, and the small flagellates are more easily identified
when they are actively motile.

Treatment. External treatments with formalin and
malachite green have been used successfully to treat
Ichthyobodo infections in fresh water15,20. Although bath
treatments with formalin have long been the treatment 
of choice for Ichthyobodo, Tojo and Santamarina21

reported that oral treatments with metronidazole, secnida-
zole, benzimidazole, or triclabendazole were each 100%
effective. This approach should be considered when bath
treatments are not practical.

Prevention. Ichthyobodo necator is ubiquitous in
freshwater, and even well water may contain the organism. 
It can be prevented by incorporating ultraviolet disinfec-
tion for incoming water. As with other diseases, introduc-
tion of new fishes into a facility via disinfected eggs is a
sound policy. If this cannot be achieved, fishes should be
held in quarantine for about one month, external parasites
removed with prophylactic formalin baths, and representa-
tive samples examined before the fishes are introduced into
the main facility.

Public Health Considerations. Ichthyobodo necator
is not a human pathogen.
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Phylum Apicomplexa

Calyptospora funduli and Goussia carpelli

Coccidia are members of the phylum Apicomplexa and
possess an apical set of organelles, called the apical complex,
which facilitates invasion of host cells. Some coccidia are
hemoparasites, but the most important fish pathogens
infect solid tissues7,22. Eight genera infect fishes and belong
in the families Eimeriidae, Calyptosporidae, and Cryp-
tosporidiidae. Unlike those in endotherms, many piscine
coccidians have oocyst walls of host origin, the site of infec-
tion is often extraintestinal, and the oocysts usually sporu-
late within the host. We discuss here two representatives of
the group, Calyptospora funduli of killifishes and Goussia
carpelli of cyprinids.

Morphology. Sporulated oocysts of C. funduli
are thin-walled and measure about 25 µ in diameter 
(Figure 7.6). Each oocyst contains four ovoid sporocysts
measuring 10 µ long by 6 µ wide. The sporocysts have
approximately 15 sporopodia (Figure 7.7), projections 
of the sporocyst wall that appear to support a thin mem-
branous veil that surrounds each sporocyst. There is 
a thickening of the posterior end of the sporocyst and 
an apical opening for sporozoite release at the anterior
end23,24.

Fig. 7.5 Rainbow trout gill heavily infested with Ichthyobodo necator
(arrows). Hematoxylin and eosin.

Fig. 7.6 Sporulated oocyst of Calyptospora funduli. Nomarski 
phase contrast. Arrow � sporocyst with sporopodia surrounded mem-
branous veil.



Oocysts of G. carpelli are spherical, thin walled, and
measure about 13 µ in diameter (Figure 7.8). Oocysts con-
tain four centrally bulging, tapered oval sporocysts meas-
uring approximately 8 µ long by 5 µ wide. Each sporocyst
is composed of two valves adhering along a longitudinal
suture line. Sporocysts contain two vermiform sporozoites
and a granular residuum25. Oocysts are typically sur-
rounded by ceroid or lipofuscin material of host origin,
referred to as “yellow bodies”26.

Hosts. Primary natural definitive hosts for C. funduli
are the gulf killifish, Fundulus grandis, in the Gulf of Mexico
and the mummichog, Fundulus heteroclitus, along the
Atlantic coast. Fournie and Overstreet27 indicated that 
C. funduli has broad host specificity, infecting at least seven
natural and 10 additional experimental hosts. All are
atheriniform and cyprinodontiform fishes within five 
families, but most are in the genus Fundulus.

Goussia carpelli occurs in the common carp (Cyprinus
carpio), goldfish (Carassius auratus), and crucian carp,
(Carassius carassius). Many additional species of cyprinids
have also been reported to harbor infections28.

Life Cycle. Coccidians infecting fishes may have
direct or indirect life cycles. Direct life cycles are essentially
as described in Chapter 2, Biology of the Protozoa. Stein-
hagen and Körting29 demonstrated that direct infections of
Goussia carpelli could occur by fecal contamination from
fish to fish. Subsequently, Steinhagen and Körting30 con-
firmed that tubificid oligochaete worms could serve as a
paratenic host for G. carpelli, and that the sporozoites were
located in the cytoplasm of the intestinal epithelial cells 
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of the oligochaete. No sporozoite development was 
noted, and the oligochaete was not needed to complete 
the life cycle. Coccidia with indirect life cycles include
Calyptospora funduli, which uses a palaemonid grass
shrimp intermediate host31. Asexual multiplication occurs
in the grass shrimp, with sporozoite development occur-
ring within about five days. These are infective to 
killifishes32.

Pathologic Effects. Even though the liver is the pri-
mary site of infection and up to 85% of this organ can be
replaced by the parasite, the host response to Calyptospora
funduli by gulf killifish is minimal (Figure 7.9). Some
inflammatory foci are seen, some oocysts are encapsulated
by connective tissue, and lipofuscin and melanin accumu-
late around some oocysts. More extensive pathologic
changes are seen in atypical hosts, such as freshwater
cyprindontids, and mortality occurs only when fish are
exposed to additional stressors, e.g., cold temperature.

Histopathologic changes in G. carpelli-infected gold-
fish include chronic enteritis with numerous sporulated
oocysts surrounded by yellow bodies in the lamina propria
of the intestine (Figure 7.10). Inflammatory and necrotic
cells are abundant in the lamina propria, and the mucosal
surface of large portions of the gut loses its villar structure26.

Clinical Disease. Healthy fish infected with Calyp-
tospora funduli exhibit no clinical signs. However, stressed
fish may become lethargic and eventually die. For example,
Fournie33 showed that exposure of experimentally infected
gulf killifish to temperatures of 3°C to 4°C resulted in
mortality.

Fig. 7.8 Wet mount of sporulated oocyst of Goussia carpelli
surrounded by “yellow body.” Nomarski phase contrast. Bar � 10 µm.

Fig. 7.7 Scanning electron micrograph of a sporocyst of Calyptospora
funduli showing sporopodia.



Goussia carpelli infections in goldfish cause a chronic
disease in production ponds in several localities throughout
the United States, including the southeast where the disease
is commonly referred to as the “dwindles.” Infected fish
stop feeding, become lethargic, and eventually emaciated
(Figure 7.11). Mortality rates of 50% to 75% can occur
over two to three weeks.

Diagnosis. Definitive diagnosis requires identifica-
tion of sporulated oocysts in wet mounts or histological
sections of infected tissues. A non-specific diagnosis of coc-
cidiosis can be made if other characteristic life cycle stages
are observed, but species identification depends upon
morphological features of sporulated oocysts.

Treatment. Treatment with the coccidiostat mon-
ensin significantly reduces infection burdens of Calyp-
tospora. Solangi and Overstreet34 reported a 50% to 70%
reduction in oocysts within 20 days in infected fishes
administered monensin orally. Calyptospora funduli has also
been successfully treated with either the thiamine analog
amprolium (0.63 ml/l of a 9.6% solution given over 2 days)
in water, or the polyether antibiotic narasin (�0.005
g/moderate-sized Fundulus) in the food35. Treatment has
been most successful when initiated soon after the fishes are
infected. Chemotherapeutics in the feed have been used to
control Goussia carpelli infections in carp in Europe36, but
control of infections in goldfish with this method is mini-
mally effective because the fishes become infected almost
immediately after hatching.

Prevention. The most reliable method of preventing
infections with Calyptospora funduli is to eliminate the
palaemonid grass shrimp intermediate hosts from the
system. Prevention of Goussia carpelli coccidiosis could be
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accomplished by drying and disinfecting ponds between
growing seasons for both carp and goldfish.

Public Health Considerations. Coccidiosis of fishes
is not transmissible to humans.

Phylum Ciliophora

Class Oligohymenophora

Order Hymenostomatida
Ichthyophthirius multifiliis. Morphology. Ichthyophthirius
multifiliis is a holotrichous ciliate, and is the largest parasitic
protozoan that affects fishes. Adult trophonts are oval to

Fig. 7.11 Goldfish with dwindles associated with G. carpelli infection.

Fig. 7.9 Calyptospora funduli. Histological section of infected killifish
liver with many sporulated oocysts. Bar�5 20 µm.

Fig. 7.10 Histological section of the intestine of a goldfish with heavy
G. carpelli infection. Note complete loss of villar structure of gut.
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round, reach up to more than 1 mm in size, are uniformly
ciliated, and possess a characteristic horseshoe-shaped
macronucleus (Figure 7.12) as well as a subapically located
buccal vestibulum with weakly developed buccal ciliary
organelles9.

Hosts. Ichthyophthirius multifiliis is the most
important parasite affecting freshwater aquarium fishes.
The parasite is also a problem in food fishes reared in cap-
tivity, such as catfish and salmonids, and has even caused
epizootics in wild fishes37. Virtually all freshwater fishes
are susceptible. In the laboratory setting, these include
swordtails, platys, sticklebacks, and trout (when reared at
warmer temperatures). Interestingly, epizootics of disease
in zebrafish have not been reported.

Life Cycle. The life cycle of I. multifiliis is direct, but
does include a free-living developmental stage (Figure
7.13)38. After a period of growth, large trophonts leave the
host tissues, settle on the substratum, and secrete a gelati-
nous cyst. This non-motile tomont resorbs its buccal appa-
ratus and divides successively by binary fission. One
tomont may produce from 250 to 2,000 small tomites9.
After the last division, the buccal apparatus is restored, and
the tomites break through the cyst wall and become
theronts. Susceptible fish are infected by free-swimming

Fig. 7.12 Ichthyophthirius multifiliis trophozoite. Whole mount
showing nucleus. Courtesy of Bureau of Sport Fisheries and Wildlife,
U.S. Department of the Interior.

Fig. 7.13 Life cycle of Ichthyophthirius multifiliis. (A) Adult parasite
on catfish. (B) Mature trophozoite after leaving fish. (C) Division of
adult into many tomites after cyst formation. (D) Rupture of cyst-
releasing theronts which re-infect fish. Reproduced from Davis, H.S.
(1947). Used with permission.

theronts. Theronts develop to the trophont stage under
the epithelium of the skin or gills, where they expand in
size (up to about 1 mm) and occasionally divide.

Pathologic Effects. Ichthyophthirius multifiliis is
highly pathogenic, reproduces rapidly in confined systems,
and shows broad host specificity. Because of these features,
this parasite has the potential to cause serious disease in
laboratory fishes7,37. Tissue irritation caused by I. multifil-
iis results in epithelial hyperplasia and excessive secretion
of mucus on the body surfaces and gills. The epithelial ero-
sion and ulceration that result from the ciliate’s entrance
into and exit from the host are probably as damaging as its
feeding activity while on the host7. Lesions produced by 
I. multifiliis may lead to secondary bacterial or fungal
microbial infections.

Clinical Disease. Ichthyophthirius multifiliis causes a
condition known as “Ich,” or “white spot disease.”
Infected fishes exhibit characteristic white spots on the
body surfaces which result from the ciliates being encysted
within the host’s epithelium (Figures 7.14 and 7.15).
Fishes with heavy infections also exhibit excessive mucus
production, labored breathing, and lethargy.



Diagnosis. Identification of active ciliates of varying
sizes in wet mounts of the skin or gills offers a good pre-
sumptive diagnosis. Definitive diagnosis is achieved by
observing the distinctive horseshoe-shaped macronucleus,
and by observing parasites under the epithelium of the gills
or skin.

Treatment. Considerable information is available on
control strategies for infection with I. multifiliis. The most
common treatment is an external bath with formalin7.
Usually fishes are treated with formalin at about 1:4,000 to
1:5,000 formalin for one hour. Each fish species responds
differently to formalin, and thus a few fishes should be
tested before applying the treatment to large numbers.
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Multiple daily treatments are necessary to eliminate the
stages under the skin, which are somewhat protected from
external baths. The entire aquarium system should also be
treated to destroy the free-living stages of the parasite.
Unfortunately, treating the entire system may be detrimen-
tal to biological filters in recirculating systems.

The life cycle of I. multifiliis is affected by tempera-
ture, with warmer temperatures accelerating development.
However, temperatures above 29°C to 30°C are lethal to
theronts39. Therefore, if the host fishes can tolerate this
regimen, raising water temperatures above 29°C for several
days is an effective method for eradicating the infection. At
higher temperatures, it is particularly important that the
water is well aerated, because oxygen saturation in water is
inversely correlated with temperature; fish at higher tem-
peratures have higher oxygen demands, and the gills (and
thus gas exchange) are impaired when they are infected.
Sodium chloride may also be effective. Concentrations of
NaCl at 7 to 20 ppt have been used in pond culture40, so
this option should be considered for euryhaline (salt toler-
ant) fishes such as salmonids and sticklebacks.

Prevention. Infections may be prevented by
quarantine of new fish before introduction into a research
system. This is particularly important because of the
difficulty in eradicating free-living stages in recirculating
systems. Strong water currents in flow-through systems
will wash away free-swimming stages and thus reduce 
the severity of infections. There are no commercial
vaccines against infection with I. multifiliis, but recovered
fish are resistant. Dickerson and coworkers41,42 have
identified immobilizing ciliary antigens that can serve as a
vaccine.

Public Health Considerations. Ichthyophthirius
multifiliis is not infectious to humans.

Order Mobilida
Trichodina, Trichodinella, Tripartiella spp. Morphology.
Trichodinids are peritrichous ciliates belonging to the
family Trichodinidae. They have a saucer- to bell-shaped
body, lack stalks, are motile, and have a highly developed
adhesive disc on the aboral surface. A characteristic feature
is the skeletal ring with radially arranged denticles that are
readily apparent when viewed dorsoventrally (Figure 7.16).
The number, arrangement, and shape of the teeth on the
denticle are useful taxonomic features. These ciliates also
have a large horseshoe-shaped macronucleus located in the
endoplasm.

Hosts. These closely related ciliates infest a wide
variety of marine and freshwater fishes. Trichodinids infest

Fig. 7.15 Wet mount preparation of gill showing Ichthyophthirius
multifiliis under the epithelium.

Fig. 7.14 Ichthyophthiriasis or white spot disease in a fish. Note
typical white foci on skin. Courtesy of E. Elkan, London.



wild, cultured, and laboratory fishes in many parts of the
world, and they occur on both freshwater and marine
fishes. Five genera occur in fishes9. The most common
genera include Trichodina, Trichodinella, and Tripartiella.
Members of the genus Trichodina can be found both on
the gills and body surface, and are the most frequently
encountered ectoparasite in marine waters. Trichodinella
and Tripartiella are only found on fish gills7.

Life Cycle. All trichodinids have direct life cycles.
Primary reproduction is asexual via binary fission; how-
ever, sexual reproduction via complicated conjugation of
micro- and macro-conjugants does occur. Transmission is
by direct contact with the ciliates in water.

Pathologic Effects. Light infestations probably have
little pathologic effect, but heavy infestations can cause
severe damage. These ciliates are capable of considerable
tissue destruction, as evidenced by the presence of red
blood cells in food vacuoles. Species that occur principally
on the skin cause cutaneous hemorrhage, epithelial hyper-
plasia, and sloughing of the epidermis. Gill-infesting
species can cause extensive epithelial hyperplasia.

Clinical Disease. All trichodinids are opportunists,
and only cause disease in fishes debilitated by other factors.
Examples of factors precipitating disease include poor
nutrition, overcrowding, poor water quality, or other
infectious agents. Dermal lesions, including epithelial ero-
sion, loosened scales, and excess mucus production, often
result in infested fishes having a grayish sheen. In severe
infestations the fins may be frayed. Heavily infested fishes
are also anorexic, lose condition, and occasionally die.
Fishes with severe gill infestations exhibit dyspnea.
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Diagnosis. Trichodinids are easily identified in wet
mounts of skin scrapings or gill filaments by their charac-
teristic shape. The oral and aboral cilia and denticular ring
with radially arranged denticles are readily apparent 
diagnostic features. These same features are seen in histo-
logical sections, as well as portions of the elongated
macronucleus.

Treatment. Trichodinids are easily killed with a sin-
gle application of an appropriate bath or drip treatment.
The two most frequently used chemical treatments include
copper sulfate (not in aquaria) and formalin.

Prevention. Good husbandry techniques are the
most effective means of prevention. Maintaining good
water quality in the culture systems, especially keeping
organic loads low and water flow adequate, is essential to
preventing outbreaks of trichodinosis.

Public Health Considerations. These parasites are
not infective to humans.

Class Phyllopharyngea

Chilodonella spp.
Morphology. Chilodonella spp. are holotrichous ciliates
that are typically heart-shaped, with the posterior end
broader and slightly notched (Figures 7.1743 and 7.18).
They reach up to 80 µ in length, and the ventral surface is
flat with parallel ciliary rows. These cilia move the parasite
in a steady gliding manner over the epithelial cells of the
skin and gills. There is a large oval macronucleus in the
posterior third of the body.

Hosts. Most Chilodonella species are free living, but
two species are pathogenic to fishes. Chilodonella piscicola
infests the skin and gills of nearly all freshwater fishes. It is
a particular problem in temperate climates at water tem-
peratures of 5°C to 10°C and may be a serious pathogen in
wintering carp. This ciliate is particularly pathogenic for
fingerlings. Chilodonella hexasticha infests older fishes and
causes epizootics at much higher water temperatures, up to
22°C, in species such as goldfish and channel catfish.
Chilodonellosis has also been reported in wild fishes in
Australia44.

Life Cycle. The life cycles of Chilodonella spp. are
direct. Reproduction is primarily by binary fission.

Pathologic Effects. Chilodonella can cause severe
damage before any gross pathological changes are evident.
As a result of feeding directly on epithelium, Chilodonella
elicits a strong cellular response. Paperna and Van As45

reported severe degeneration, necrosis, and subsequent
Fig. 7.16 Trichodina sp. Note radially arranged denticle ring. 
Bar � 10 µm.



degradation of the branchial epithelium in infested cichlid
fishes. Epithelial hyperplasia was focal, or occurred in an
uneven pattern. Infestation also induced mucus and chlo-
ride cell proliferation. More extensive hyperplasia affecting
entire arches was reported by Hoffman and coworkers46

from channel catfish. Extensive hyperplasia of the lamellar
epithelium resulted in severe fusion of lamellae. All these
pathological changes in the gills drastically reduce the res-
piratory potential of the gills. Advanced infestations are
sometimes associated with skin ulcers which can result in
secondary bacterial infections.

Clinical Disease. Clinical signs of Chilodonella
infestation include respiratory distress, clamped fins, and
excessive mucus production. Heavily infested fishes exhibit
a whitish or bluish sheen on the body, and there is some-
times a tattered appearance to the skin. Gills are also red-
dened and hemorrhagic. Because signs of infestation are
less striking than white spot disease, chilodonellosis is
much more insidious.

Diagnosis. Chilodonella spp. are easily recognized in
wet mounts or histological sections. Members of this genus
are identified by their oval, flattened shape and the charac-
teristic bands of cilia on the ventral surface. The ciliate
moves with a characteristic, slow circular movement and
appears to glide.
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Treatment. Identification to species is not necessary
for proper treatment. A single application of formalin at
25 ppm, followed by a water change in four to eight hours,
will kill ciliates on the fishes, as well as in the water.

Prevention. The most effective means of preventing
infestation with Chilodonella spp. is to practice good hus-
bandry techniques. Care must also be exercised not to
introduce infested fishes into laboratory systems.

Public Health Considerations. Chilodonella spp. are
not infective to humans.

PHYLUM MICROSPORIDIA

Microsporidians are common, intracellular, parasites that
are related to fungi47. They cause disease in many species 
of invertebrates and vertebrates, including fishes48,49.
We describe here three microsporidians that can be
significant pathogens in research fishes: Loma salmonae of
salmonids, Pseudoloma neurophilia of zebrafish, and
Glugea anomala of sticklebacks.

Morphology. Many genera of microsporidia infect-
ing fish form unique structures called xenomas. Infected
host cells become transformed and hypertrophied, result-
ing in this unique, often macroscopic, host cell-parasite 
complex.

Hosts. Microsporidians of fish are usually host-
specific, at least to the family level. Loma salmonae infects
essentially all species of salmonids in the genus
Oncorhynchus, including rainbow trout and Chinook and
coho salmon. Pseudoloma neurophilia is a parasite of

Fig. 7.18 Histological section of gill showing Chilodonella.

Fig. 7.17 Chilodonella trophozoites. Reproduced from Hoffman, G.L.
(1999). Used with permission. 
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Fig. 7.19 Loma salmonae xenomas (arrow) in histological section of
gill from a chinook salmon. Hematoxylin and eosin stain.

Fig. 7.20 Pseudoloma neurophilia in zebrafish. (A) Sagittal section
through spinal cord and adjacent tissue. Xenomas in central nervous
system (X). Xenomas in nerve root (arrows). Inflammation (In).
(B) High magnification showing xenoma.

zebrafish. However, morphologically indistinguishable
parasites have been detected in the brains of neon tetras
(Paracheirodon innesi) (Authors’ personal observations)
and swordtails (Xiphophorus helleri) (P. Takvorkian,
Rutgers University, Newark, N.J., personal communica-
tion). Glugea anomala infects the threespine stickleback,
Gasterosteus aculeatus, and the ninespine stickleback,
Pungitius pungitius.

Life Cycle. The general life cycle of microsporidia
involves vegetative development within the host, culmi-
nating in the formation of spores. Spores are resistant to
the external environment and represent the infectious
stage. Fish-to-fish transmission by ingestion of spores or
infected tissue occurs with L. salmonae50, P. neurophilia51,
and G. anomala52. Loma salmonae can be easily transmit-
ted by co-habitation with infected fishes50. Fishes exposed
to either P. neurophilia or L. salmonae exhibit infections
about six to eight weeks after exposure. Glugea anomala
infections are seen about nine weeks post exposure.

Pseudoloma neurophilia is surprisingly common in
research laboratories, in spite of the widespread use of
dechlorinated city water in such facilities. It has been
suggested that transovarial transmission may be another
route of infection employed by this parasite51,53, as docu-
mented for other microsporidia54, including L. salmonae55.
Transmission to progeny by sexual products (e.g., ovarian
fluid and associated debris), in which the parasite is not
within the egg itself, has also been suggested as a mode of
transmission for L. salmonae55 and P. neurophilia51.

Pathologic Effects. Loma salmonae affects the gills
and other vascularized tissues of salmonids reared in fresh
water. All Oncorhynchus species are apparently susceptible
to the infection, though Atlantic salmon are resistant57.
Fish develop xenomas about four to six weeks after expo-
sure (Figures 7.19 and 7.20).

A xenoma (parasite-infected host cell) is formed when
the host cell alters its structure and size, becoming physio-
logically integrated with the parasite. The cytoplasmic
contents are replaced by the parasite, and the surface of the
host cell becomes modified for increased absorption. The
host cell becomes extremely hypertrophied, so xenomas
often appear as macroscopic, whitish cysts. Wet mount
preparations reveal oval spores, usually about 5 µ long by 
3 µ wide, with a distinctive posterior vacuole (Figure
7.21). There is usually minimal tissue reaction toward
intact xenomas, but they can cause tissue damage because
of their enormous size49,58. The associated lesions in the
gills can become severe in salmon held in sea water59,60.



Although the gills are the primary site of infection, para-
sites and associated lesions can occur in the heart, spleen,
kidney and pseudobranchs. Xenomas may rupture and
release spores as the infection progresses. Free spores are
found within macrophages and induce severe, chronic,
multifocal vasculitis and perivasculitis in the gills.

The primary site of infection of P. neurophilia is the
central nervous system. Histological examination of mori-
bund zebrafish reveals microsporidia within multiple
xenomas in the brain and spinal cord (Figure 7.20). Xeno-
mas are commonly observed in axon-rich regions of the
ventral spinal cord and the peripheral ventral roots project-
ing into the surrounding somatic muscle. Xenomas are
also occasionally observed in the medial longitudinal fasci-
culus. Inflammation in the central nervous system is
usually minimal and only occasionally seen surrounding
xenomas or when dispersed spores are present in the cen-
tral nervous system. In histological sections of heavily
infected fishes, an associated tissue reaction extends
through the meninges and into the skeletal muscle associ-
ated with the adjacent vertebrae. Emaciated fishes have a
characteristic massive chronic inflammation of the skeletal
muscle, in which free spores are found within phagocytes.

Glugea anomala forms massive xenomas, replete with
spores in the skin, behind the eye and in other organs.
Dyková and Lom61 described the sequential development
and tissue reaction to spores. Typical of xenomas, there is ini-
tially very little tissue reaction to intact xenomas. Eventually,
a prominent, chronic inflammation is associated with fully-
formed or ruptured xenomas.
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Clinical Disease. Fishes mildly affected with 
L. salmonae may appear normal, but those with severely
damaged gills may exhibit respiratory distress and become
lethargic. Zebrafish heavily infected with P. neurophilia are
often emaciated, or may be scoliotic (Figure 7.22). This con-
dition is referred to as “skinny disease,” and is one of the
most prevalent clinical changes seen in zebrafish maintained
in research facilities. Glugea anomala infections result in the
formation of large xenomas, which are macroscopically 
visible on the skin (Figure 7.23). Heavily infected fish
become emaciated and die.

Diagnosis. Microsporidia may be diagnosed by find-
ing the characteristic spores in wet mounts or histological
sections. Microsporidian spores are birefringent, oval, 
and usually have a prominent refractile vacuole. Most
microsporidian spores of fish are about 3 µ long by 5 µ wide.
Weber and coworkers62 reviewed diagnostic methods for
microsporidia. Spores are Gram positive in tissue smears or
histological sections. Larger xenomas are easily seen with
the naked eye or dissecting microscope (Figure 7.24),
while smaller xenomas require histologic examination.
Histology is also useful for demonstrating free spores
within inflammatory lesions, and acid-fast stains may be
used to enhance their detection. Xenomas caused by
microsporidial infection must be differentiated from
lesions caused by Ichthyophthirius multifiliis.

Fig. 7.21 Wet mount of spores, Pseudoloma neurophilia. Bar � 10 �m.

Fig. 7.22 Pseudoloma neurophilia. Heavily infected fish are often ema-
ciated and lethargic, and may show curvature of the spine. (A) Emaci-
ated fish. (B) Emaciated fish with scoliosis.
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used for disinfecting salmonid eggs after spawning. There-
fore, the infection could enter a laboratory with infected or
contaminated eggs or fry. Zebrafish eggs are usually disin-
fected with chlorine at 25 to 50 ppm. It has not been
determined whether this will effectively eliminate spores of
P. neurophilia. Moreover, eggs filled with spores of
Pseudoloma have been observed by the authors. Spores
within intact eggs could be protected from chlorine, even
if this concentration is normally effective for killing free
spores. It is recommended that all nonviable, unfertilized
eggs be removed prior to bleaching.

Infected fishes should not be used for brood stock
because vertical transmission of microsporidia may occur.
Sensitive and specific PCR tests55,63 are useful for screening
fishes for subclinical infections. Because microsporidia are
transmitted directly from fish to fish in aquaria, a good
general practice is to remove fishes with obvious infections
(xenomas for sticklebacks, emaciation for zebrafish) as
soon as possible to prevent cannibalism and further trans-
mission. Incorporation of ultraviolet sterilization units in
recirculating systems will likely reduce infections. The
ultraviolet dose required for a 3-log10 or 99.9% reduction
in the number of infective spores of Encephalitozoon
intestinalis was determined to be 8.43 mW s/cm64.

Treatment. Several drugs have been used experimen-
tally to treat microsporidian infections in fishes. Fumagillin,
an antimicrobial agent developed for treating Nosema 
apis infections in honey bees, is the most widely used drug for
treating microsporidiosis in fishes49, including L. salmonae65.
Based on multiple reports, 3 to 10 mg fumagillin/kg fish/day
is recommended for salmonids. Higher concentrations or
prolonged treatment (e.g., 30 to 60 days) may cause
anorexia, poor growth, anemia, renal tubule degeneration,
and atrophy of hematopoietic tissues in salmonids. Fumag-
illin is heat labile; therefore, it is recommended that the feed
be coated with the drug after processing, instead of incorpo-
rating it into the feed during milling. The drug is poorly sol-
uble in water but is highly soluble in alcohol. In most studies,
fumagillin was mixed with alcohol, sprayed on the feed, and
then the feed was coated with oil.

Others have evaluated alternative therapies. Becker and
coworkers66 found that monensin was an effective prophy-
lactic treatment; Speare and coworkers67 reported that alben-
dazole may be useful for treating the infection, and it has
been reported that quinine hydrochloride delays xenoma for-
mation68. The systemic triazinone, toltrazuril (Bayer AG),
has been evaluated against G. anomala infections in stickle-
back69,70. Bath exposure of the drug caused destruction of all

Fig. 7.23 Glugea anomala infection in a stickleback. Note subcuta-
neous cysts. Reproduced from Reichenbach-Klinke, H. and Elkan, E.
(1965). Used with permission.

Fig. 7.24 Loma salmonae. Multiple xenomas (arrows) in the gill
lameallae of chinook salmon.

Fluorescent stains (e.g., Fungi-Fluor, Polysciences,
Warrington, PA) bind nonspecifically to � -linked polysac-
charides found in cells containing chitin. Because chitin
occurs in spore walls of microsporidia, these stains are
excellent for demonstrating spores in either tissue smears
or histological sections8. Weber and coworkers62 described
a related stain, Calcofluor, and other staining techniques
for the identification of microsporidia.

Polymerase chain reaction (PCR)-based diagnostic
tests have been developed for several microsporidia55. Such
tests may be useful for screening fishes for subclinical
infections before introducing them into research facilities.

Prevention. Spores of L. salmonae can survive iodine
treatment at 100 ppm for 15 minutes, a dose typically



life stages of the parasite, but the overall effects of this drug
for reducing prevalence or intensity of microsporidian infec-
tion in fishes have not been reported.

Public Health Considerations. Opportunistic micro-
sporidial infections in humans are now a major concern
with immune-compromised individuals. However, none
of these infections have been linked to fish microsporidia.

PHYLUM MYXOZOA

Members of the phylum Myxozoa cause some of the most
common and important parasitic diseases of fishes9,48,71,72.
Hundreds of species have been described. Traditionally, the
Myxozoa have been classified with the Protozoa. However,
analysis of small subunit ribosomal DNA revealed that the
Myxozoa belong within the kingdom Animalia73. Siddall74

and others subsequently reported that, based on ribosomal
DNA sequence and morphological features, the Myxozoa
are most closely related to the Cnidaria. Affinities of the
Myxozoa with the Cnidaria have been suggested for many
years, particularly due to similarities of polar capsules with
nematocysts. However, more recent data indicate that,
although they are certainly primitive metazoans, they are
not directly related to cnidarians75.

Typically, myxosporeans are non-pathogenic. Histozoic
species usually form small, well-defined, white cysts with lit-
tle associated tissue damage. However, when numerous cysts
occur in vital organs, such as the gills or heart, they can cause
disease. Heavy infections of histozoic myxosporeans in the
flesh may lower the market value of the affected fishes. Patho-
genic histozoic species generally cause more diffuse infections
without macroscopically visible cysts. Some myxozoans are
very important causes of disease in wild and cultured fishes.
They appear to be less problematic in confined research facil-
ities, probably due to their requirement for an annelid worm
(Tubifex tubifex) to complete their life cycle72.

Many myxozoan diseases have been described from
salmonids65 and cyprinids, such as carp and goldfish76.
Representative myxozoans described here include: Tetracap-
suloides bryosalmonae, the PKX myxozoan of salmonids;
Myxobolus cerebralis, the cause of “whirling disease” in
salmonids; Henneguya salminicola from salmonids, an
example of a histozoic species that causes macroscopic cyst-
like structures; Sphaerospora spp. and Hofferellus spp., com-
mon pathogens of carp and goldfish; and Myxidium sp.
from zebrafish.

Morphology. Myxozoans are characterized by the
presence of multicellular spores (Figures 7.25 and 7.26).
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Spores have two or more rigid valves, polar capsules with
an internal coiled polar filament, and a sporoplasm 
(the infectious stage of the parasite for the invertebrate
host). Spores develop within large, multicellular plasmodia
comprised of vegetative nuclei and generative cells.

Hosts. Natural infections of fishes with Tetracapsuloides
bryosalmonae, also known as the PKX agent, have been
reported in rainbow trout and steelhead, Oncorhynchus
mykiss; cutthroat trout, O. clarki; chinook salmon, O.
tshawytscha; coho salmon, O. kisutch; Atlantic salmon, Salmo
salar; brown trout, S. trutta; arctic char, Salvelinus alpinus;
grayling, Thymallus thymallus; and pike, Esox lucius.
Infections have been observed in captive and free-living
populations. Kokanee salmon, O. nerka, and chum salmon,
O. keta, have been experimentally infected. The rainbow

Fig. 7.25 Some myxozoans of fishes (spores). (A) Myxobolus. (B) Hen-
neguya. (C) Unicauda. (D) Hoferellus. Reproduced from Hoffman, G.L.
(1999). Used with permission.



trout is the primary host for this parasite. Essentially all
members of the genus Oncorhynchus (Pacific salmon species)
are susceptible; whereas the brown trout is considered a reser-
voir, and is more resistant to developing disease77,78. Numer-
ous Sphaerospora spp. infect cyprinid fishes. Carp and
goldfish are hosts for S. renicola and S. molnari, both of
which are pathogenic. Two species of Hoferellus cause renal
diseases in carp and goldfish:H. cyprini in carp and H. carassii
in goldfish.

Life Cycle. The most complete information on the
life cycle of a myxozoan is based on Myxobolus cere-
bralis79,80. The following is a description of a typical fresh-
water myxozoan life cycle. Multicellular myxospores are
released from infected fish following death, or are dis-
charged in body fluids. Oligochaetes (annelid worms),
such as Tubifex tubifex, ingest the myxospores and serve as
alternate hosts. In the oligochaete alternate host, asexual
reproduction is followed by sporogony, resulting in the
formation of actinospores. Actinospores are released from
the oligochaete, and upon contacting the surface epithe-
lium of a fish, release sporoplasms which penetrate the skin
of the fish. Shortly thereafter, clusters of dividing
myxosporean cells are found, sometimes intracelluarly,
within the epithelium. The parasite then migrates to 
its final target tissue, where development continues. 
With M. cerebralis, the extrasporogonic (vegetative) forms
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migrate to the cartilage via peripheral nerves. These
extrasporogonic forms continue to divide during migra-
tion to the target tissue. Some species (e.g., Sphaerospora
spp. and T. bryosalmonae) exhibit prominent extrasporo-
gonic multiplication in the circulatory system or vascular
organs. The presporogonic organism becomes a multi-
nucleated plasmodium containing free nuclei and internal 
generative cells. Sporogenesis is usually initiated by fusion
of generative cells. The sporoblast divides and differenti-
ates into the components of the spores.

Pathologic Effects. Tetracapsuloides byrosalmonae
causes proliferative kidney disease (PKD) in salmonids.
Histopathologic examination shows the kidney intersti-
tium to be the primary site of infection, where 
T. byrosalmonae evokes a chronic interstitial nephritis.
Coalescing whorls of inflammatory cells, primarily
macrophages, surround the parasites (Figure 7.27). Para-
sites also infect blood vessels, where they adhere to vessel
walls, occlude vessels, and evoke a necrotizing vasculitis.
Well-vascularized extra-renal organs (e.g., gills, liver,
spleen, and pancreas) also are infected and exhibit histo-
logic changes similar to those found in the kidney.

Myxobolus cerebralis primarily infects bone and carti-
lage, resulting in necrosis and replacement of bone and
cartilage with chronic inflammation.

Henneguya salminicola is typical of myxozoans which
form large, whitish macroscopic cyst-like structures 
(plasmodia) in tissues. In general, there is minimal tissue
reaction to intact plasmodia. Pathological changes are
usually limited, unless infections are heavy, or when the
parasite disrupts the function of vital organs.

Fig. 7.26 Wet mount preparation of Myxobolus sp. spores. Nomarksi
phase interference. Note: polar capsule with coiled polar filaments.
Courtesy of S. Desser.

Fig. 7.27 Tetracapsuloides bryosalmonae extrasporogonic forms
(trophozoites) in the renal interstitium of a rainbow trout. In � inflam-
matory cell surrounding parasites. Arrow � primary cell nucleus, D �
internal daughter cell.



Numerous pathogenic Sphaerospora species have been
described from carp and goldfish48,76. Sphaerospora renicola
infects the renal tubules, where it causes atrophy and
necrosis. Granulomas replace degenerated tubules. A more
serious phase of the infection occurs in the swim bladder.
Extrasporogonic stages proliferate in blood and in the
swim bladder, and cause severe, chronic inflammation in
the latter9,81. The swim bladder wall is thickened and hem-
orrhagic. Infections of the gill and skin by S. molnari may
cause severe epithelial hyperplasia (Figure 7.28).

Two species of Hoferellus cause renal disease in carp and
goldfish: H. carassii in goldfish and H. cyprini in carp. Hofer-
ellus carassii causes “goldfish bloater disease” in the U.S.65

and Japan82. Hoferellus carassii induces unusual histopatho-
logic changes, where prespore stages infect the epithelium of
renal tubules and cause massive cystic transformation of
renal tubules (Figure 7.29). In H. cyprini infection, numer-
ous trophozoites fill the renal epithelium and renal tubules
of carp. This causes hyperplasia and syncytia formation,
occluding the lumen of tubules83,84. Altered tubules may be
replaced by chronic inflammation and fibroplasia85.

An unidentified Myxidium species is usually confined
to the lumen of the kidney tubules or collecting ducts of
zebrafish, and is not associated with pathological changes.
However, we have found kidney granulomas containing
spores.
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Clinical Disease. Myxozoan diseases in research fish
are almost always due to pre-existing infections, especially if
fish were previously reared in ponds (e.g., goldfish, carp),
hatcheries (e.g., trout), or captured in the wild (e.g., stickle-
backs). Infections can be initiated within a facility by intro-
duction of oligochaete worms, perhaps accidentally 
with fish, snails, or aquatic plants. Oligochaete worms 
(e.g., T. tubifex or Lumbriculus variegatus) are often used as
fish food, and this may also be a source of infection86,87.
Once introduced, the worms can establish and replicate 
efficiently in aquarium gravel or in filters.

Fish infected with T. bryosalmonae are often lethargic
and dark. They exhibit exophthalmos, lateral body
swelling, and a distended abdomen. Gills are pale due to
anemia. Fish infected with M. cerebralis exhibit spiral
swimming, usually along a horizontal plane. Other
changes include cranial deformities, scoliosis, lordosis, and
darkening at the posterior region of the body (“black tail
syndrome”). Fish infected with H. salminicola appear clini-
cally normal. Large, whitish cysts are found in the muscle
(Figure 7.30). Carp infected with S. renicola show swim-
ming disorders and may swim in circles. Mortality in over
wintering carp may reach 15%. Sphaerospora molnari
causes respiratory distress due to gill damage and epithelial
hyperplasia which reduces the respiratory surface. Infec-
tions have been associated with high mortality. Goldfish
infected with H. carassii infections exhibit swollen
abdomens (occasionally unilateral) due to greatly enlarged

Fig. 7.28 Sphaerospora molnari spores (arrow) associated with prominent
epithelial hyperplasia in histological sections of goldfish gills. Giemsa stain.

Fig. 7.29 Hofferellus carassii. Kidney imprint showing spore. Polar
capsule (arrow). Giemsa stain.



kidneys. Carp with H. cyprini show little clinical disease9.
Zebrafish infected with Myxidium spp. are asymptomatic.

Diagnosis. Myxozoan infections are diagnosed by
histology, tissue imprints, or wet mount preparations. In
most cases, detection of the spore stage is essential for
diagnosis. Wet mounts are most appropriate for precise
observation of spore morphology (Figure 7.26), which is
necessary for identification of species. Histology is useful
for demonstrating organ locations, associated pathologi-
cal changes, and for visualization of presporogonic stages.
There are few spores in fish with T. byrosalmonae or
Hoferellus spp. infections (Figure 7.29), and only pre-
sporogonic stages of S. renicola are found in the swim
bladders of carp with associated inflammation. Tissue
digest methods have been traditionally used to detect
spores of M. cerebralis88. PCR tests have been developed
for several myxozoans, including M. cerebralis89 and
T. byrosalmonae90.

Treatment. Fumagillin is the most common drug
used for treating myxozoan diseases of fishes91. Fumagillin
has been used to treat fish infected with S. renicola91,92 and
T. byrosalmonae78,93, but has been less successful in treating
tissue myxozoans such as M. cerebralis. Based on several
reports, the recommended dosage for treating salmonids is
3 to 10 mg fumagillin/kg fish/day. Higher concentrations
or prolonged treatment (e.g., 30 to 60 days) may cause
anorexia, poor growth, anemia, renal tubule degeneration,
and atrophy of hematopoietic tissues in salmonids94.
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Prevention. Oligochaete worms (e.g., black worms,
red worms) are commonly used as live food for orna-
mental fishes, and are sold through the pet fish industry.
Lowers and Bartholomew87 reported the presence of vari-
ous actinosporeans in these worms, so this is a potential
source of myxozoan infections. Moreover, oligochaete
worms are ubiquitous in the aquatic environment and can
easily establish themselves in aquarium systems, and 
thus provide a constant reservoir for these infections.
Ultraviolet light and ozonation are effective for killing
actinosporeans in water95,96. Myxospores are extremely
resistant to disinfectants. For example, the myxospores 
of M. cerebralis require 1,600 ppm chlorine for 24 hours,
or 5,000 ppm for 10 minutes, for effective killing of
spores97.

Public Health Considerations. The Myxozoa are
not considered human pathogens.

PHYLUM PLATYHELMINTHES

Helminths of laboratory fishes include trematodes, ces-
todes, acanthocephalans, and nematodes. The majority of
helminths are of little concern in fishes held in aquaria or
other systems with controlled water sources. Usually, these
helminths do not proliferate in these aquatic systems
because most have indirect life cycles that require interme-
diate hosts. Indirect life cycles are easily disrupted by elim-
ination of intermediate hosts. Wild-caught fish may
occasionally arrive with such heavy infections that they
may still cause disease, even if the parasites cannot repro-
duce or maintain their life cycle. However, some
helminths, such as monogeneans, and certain capillarid
nematodes have direct life cycles and thus are capable of
causing disease in research systems.

Monogenea

Morphology. Monogenes are small parasitic flatworms.
Two types of monogeneans may be identified based
upon opisthaptor morphology. In the more common
Monopisthocotylea, there is a single attachment organ with
several large, centrally located, sclerotized anchors, and
small marginal hooklets. In the Polyopisthocotylea, the
opisthaptor consists of a group of small, muscular, adhesive
suckers or clamps that are supported by cuticular sclerites.
Two of the most common families of monopisthocotylid
monogeneans infesting fishes are the Gyrodactylidae and
Dactylogyridae. Gyrodactylids are small (1 mm or less),
and are found on the skin and gills of freshwater and

Fig. 7.30 Henneguya salminicola in sockeye salmon, characterized by
whitish, oval cysts in the somatic muscle.
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bottom to develop. With hatching, eggs release free-
swimming, infective, oncomiracidia, which seek out and
attach to a new host. In contrast, gyrodactylids are vivipa-
rous. The young are retained in the uterus until they
develop into functional subadults, and usually remain with
the host on which they developed. Transmission of both
families is greatly enhanced by overcrowding.

Pathologic Effects. Heavy gill infestations cause
epithelial hyperplasia, destruction of gill epithelium, club-
bing of gill filaments, and hypersecretion of mucus, result-
ing in death by asphyxiation. Heavy skin infestations can
cause body and fin necrosis. Histologically, fins of infested
trout have epidermal hyperplasia with zones of degenera-
tion and necrosis99. High mortality is common in the
crowded situations of aquaria, raceways, and fish culture
ponds.

Clinical Disease. Captive fishes are often infested
with heavy burdens of monogeneans, and frequently expe-
rience severe disease due to these infestations. Monoge-
neans feed on mucus, epithelium, and blood. Heavy
infestations usually indicate poor sanitation, deteriorating
water quality, or inadequate water flows. Clinical signs of
dactylogyrid infestations include rapid respiratory move-
ments, clamped fins, and flashing. Fish may become

Fig. 7.31 Gyrodactylus adult. Note the absence of eye spots and pres-
ence of embryo or larva. Reproduced from Hoffman, G.L. (1999).
Used with permission. Fig. 7.32 Wet mount of Gyrodactylus sp. from a goldfish.

marine fishes (Figures 7.31 and 7.32). The opisthaptor is
membranous with one pair of anchors, two transverse bars,
and 16 marginal hooks. The developing young can be seen
within the uterus. Dactylogyrids are also small (up to
2 mm) and are found on the gill filaments. The opisthaptor
is membranous with one to two pairs of anchors, zero to
three transverse bars, and 14 to 16 marginal hooks. The
prohaptor has four prominent eyespots.

Hosts. Monogenes are common parasites of both
marine and freshwater fish98, and are of great economic
importance as pathogens of captive fishes. Gyrodactylus
causes disease in a variety of captive fish species, including
goldfish, guppies, salmonids, sticklebacks, and others99.
Gyrodactylus is also a continual problem in mummichogs
maintained in laboratory holding facilities. Dactylogyrus
occurs on the gills of goldfish, carp, gulf killifish, sheepshead
minnows, and other species. There are numerous species of
Gyrodactylus and Dactylogyrus, and most are host-specific100.
For example, D. vastator, D. anchoratus, and G. gurleyi infect
goldfish and carp, whereas G. elegans infects sticklebacks.
These parasites are not usually identified to the species level
when they cause disease, because the diseases that they cause
and treatments for them are essentially the same.

Life Cycle. Members of both families have direct life
cycles. Dactylogyrids are oviparous. Eggs settle to the



lethargic, swim near the surface, and refuse food. Heavy
infestation with gyrodactylid skin flukes (Figure 7.33)
results in white to grey-white areas of thick mucus on the
body surface, localized hemorrhagic areas, and ragged-
appearing fins. In both cases, infested fishes can be seen
rubbing or scratching against the bottom or sides of the
holding tank.

Diagnosis. Diagnosis of monogenean infestation is
based on clinical signs, and is confirmed by identification
of parasites in wet mounts or histological sections of skin
or gills. In both cases, the characteristic morphological fea-
tures are easily discernible, particularly the haptoral
anchors and hooks.

Treatment. Designing an effective treatment depends
on whether the monogenean is viviparous or oviparous,
because the eggs of some monogeneans resist treatment,
and thus several drug applications may be required for ade-
quate control. Treatment with the organophosphate
trichlorfon, at 0.25 mg/L, as a bath is very effective. Prazi-
quantel baths (20 mg/L seawater for 2 hours), adminis-
tered 48 hours apart, removed all skin and gill parasites
from the yellow stripey Lutjanus carponotatus. Formalin is
also an effective parasiticide for bath treatment of mono-
geneans. Treatment with 125 to 250 ppm formalin for 
up to 60 minutes eliminates infestations.

Prevention. Monogenean infestations are best
prevented by not introducing wild-caught or hatchery-reared
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fishes or invertebrates into laboratory systems. Providing a
rapid, continuous flow of water through systems will also
aid in preventing heavy infestations. Because of their
reproductive cycle, the offspring of viviparous monoge-
neans remain on the same host, so transmission can occur
via fish-to-fish contact. Preventing overcrowding may
reduce transmission by contact.

Public Health Considerations. Monogenean trema-
todes are not zoonotic.

Cestoidea

Cestodes are uncommon in cultured fishes because they
have a complex life cycle that requires one or two inter-
mediate hosts. Fishes can act as either intermediate or defin-
itive hosts for several tapeworms. In the former, infections
occur in extraintestinal sites, and, when massive, can cause
disease. Adult tapeworms usually infect the lumen of the
gut, and heavy infections may result in poor food conver-
sation or, occasionally, obstruction of the intestinal tract.

Bothriocephalus Acheilognathi

Morphology. Bothriocephalus acheilognathi (Syn. 
B. gowkongensis) is a pseudophyllidean tapeworm known
as the “Asian tapeworm.” Adult worms are whitish, seg-
mented, and may reach 50 cm. The scolex is flattened with
two bothria, and the posterior is wider than the first few
segments, even when contracted101.

Hosts and Life Cycle. Bothriocephalus acheilognathi
has an unusually wide host range. All fishes in the family
Cyprinidae, with the exception of goldfish, are susceptible
hosts101. This parasite has also been found in fishes of other
families, including live bearers, killifishes, channel catfish,
and perches. The life cycle is typical of pseudophyllidean
tapeworms, and is described in Chapter 4, Biology of Ces-
todes. Adult worms mature in the anterior intestine102.

Pathologic Effects and Clinical Disease. The intes-
tinal tract may be chronically inflamed, greatly enlarged,
stretched, and flaccid101. Heavy infections may cause
blockage of the gastrointestinal tract, intestinal perfora-
tion, and destruction of the intestinal mucosa103. Bothrio-
cephalus acheilognathi is one of the most serious cestodes of
fishes. Infections may cause reduced growth, emaciation,
suppressed swimming ability, “dropsy,” and ultimately
death101,104,105.

Diagnosis. Intestinal cestodiasis is diagnosed from wet
mounts of fecal contents, or by finding adult tapeworms in
the intestinal tract. Speciation requires examination of the

Fig. 7.33 Goldfish with heavy Gyrodacytlus infestation. Courtesy of
G.L. Hoffman.



scolex and organization of the reproductive structures.
Bothriocephalus may be distinguished from similar tapeworms
because it lacks a neck and median and dorsal furrows, and
has a scolex wider than the first few segments, even when con-
tracted101.

Treatment. Others have reviewed feed additive treat-
ments that have been used successfully for treatment of
infection with B. acheilognathi. These include Lintex 
(50 mg drug/kg fish); mebendazole at 100 mg drug/kg
fish/day104; praziquantel at 30, 50, and 70 mg drug/kg
fish; mebendazole at 10, 30, and 50 mg drug/kg fish; and
nitroscanate at 2.0, 4.0, 6.0 mg drug/kg fish106. Of these,
praziquantel was most effective.

Prevention. The most effective means to prevent
Bothriocephalus infections in laboratory-held fishes is to
eliminate copepod intermediate hosts from the system.

Public Health Considerations. Bothriocephalus
acheilognathi is not infective to humans.

Schistocephalus Solidus

Morphology. Plerocercoid larvae are white and range from
20 to 76 mm long by about 6 mm wide. The cestode has a
triangular scolex with shallow bothria and weakly muscular
sucking grooves on the dorsal and ventral surfaces.

Hosts and Life Cycle. Fish-eating birds are the
definitive hosts of S. solidus. Sticklebacks and other fishes
in North America, Europe, and Asia serve as second inter-
mediate hosts. The life cycle is typical of pseudophyllidean
tapeworms, and is described in Chapter 4, Biology of 
Cestodes. Plerocercoid larvae are found in the abdominal
cavity of infected fish.

Pathologic Effects and Clinical Disease. Heavy infec-
tions are pathogenic in fish. The plerocercoid larvae fill the
abdominal cavity, causing compression of the visceral organs
and obliteration of the gonads. Infected fish may develop
severe abdominal distension, become sluggish, inhabit shal-
lower water, and become more susceptible to predation107.

Diagnosis, Treatment, and Prevention. Presumptive
diagnosis is based on clinical signs and is confirmed by
identification of the segmented plerocercoid larvae in the
abdominal cavity. Treatments described for Bothriocephalus
acheilognathi would likely also be effective against 
S. solidus. The most effective means to prevent S. solidus
infections in laboratory-held sticklebacks is to eliminate
copepod intermediate hosts from the system.

Public Health Considerations. Schistocephalus
solidus is not infectious to humans.
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PHYLUM NEMATODA

Nematodes are commonly recognized as important
pathogens in aquaculture102. Only a few are considered
significant fish pathogens in research environments
because most require intermediate hosts to complete their
life cycles. Among the most significant are the capillarids,
members of the superfamily Trichuroidea.

Capillarids infect all classes of vertebrates, and are
often pathogenic due to their invasive nature108–110. Capil-
laria pterophylii has been recognized for many years as a
common pathogen of captive angelfish and discus fish, and
Capillostrongyloides ancistri is highly pathogenic to the
bushymouth catfish, Ancistrus dolichopterus110. However,
the most important capillarid of laboratory fishes is
Pseudocapillaria tomentosa111–113.

Pseudocapillaria Tomentosa

Morphology. Females of Pseudocapillaria tomentosa are
long, thin, white worms ranging from 7 to 12 mm long.
Gravid worms are replete with the distinctive eggs bearing
bipolar plugs. These characteristic eggs are easily visualized
in wet mount preparations of the gut. Males are smaller,
about 4 to 7 mm in length (Figure 7.34).

Hosts. Pseudocapillaria tomentosa has a broad host
range, infecting many species of cyprinids. Fishes in the
orders Anguilliformes (eels), Gadiformes (cod fish),
Salmoniformes (salmon), and Siluriformes (catfish) are
also susceptible109.

Fig. 7.34 Adult female Pseudocapillaria tomentosa from a zebrafish.
Insert shows typical eggs with bipolar plugs.



Life Cycle. Lomankin and Trofimeno114 showed that
oligochaetes (e.g., Tubifex tubifex) can serve as paratenic hosts
for P. tomentosa in laboratory transmission studies. They and
others have demonstrated direct transmission in the absence
of worms112. The latter observation explains why P. tomentosa
can easily spread in zebrafish research facilities.

Pathologic Effects and Clinical Disease. Necropsy may
reveal liver enlargement and anemia. Histological sections
reveal the worms within the gut wall. Lesions include
severe, diffuse cellulitis of the infected region, occasionally
extending throughout the visceral cavity. The infection also
seems to predispose fish to intestinal neoplasms112. Heavily
infected fish are often dark, emaciated, and lethargic.

Diagnosis. Diagnosis is by observing the worms in
wet mount preparations or histological sections of the
intestine. Identification of capillarid nematodes is facili-
tated by the presences of eggs with distinctive, bi-polar
plugs. Precise identification to the species level requires
careful examination of the male sexual organs, which are
rather diminutive in Pseudocapillaria spp. To date, the only
nematode infection identified by the authors in zebrafish
from research facilities is P. tomentosa.

Treatment. Ivermectin has been used for treating
nematode infections in fishes115, and may be useful for
treating those infected with P. tomentosa. However, iver-
mectin has not been tested in zebrafish, and there appears
to be great variability in the tolerance of the drug between
closely related fish species116,117.

Oral or bath treatments with levamisole and fenben-
dazole have also been used to treat nematode infections in
fishes7, but Hoffman118 found that levamisole was not
effective for treating capillarid infections in golden shiners.
Brood stock zebrafish treated with levamisole have become
sterile (D. Weaver, Scientific Hatcheries, Huntington
Beach, California, personal communication). Pack and
coworkers113 reported that a mixture of trichlorfon and
mebendazole (“Fluke-Tabs”, Aquarium Products, Glen
Burnie, MD) added to water eliminated the infection and
resulted in weight gain in treated fish.

Prevention. Oligochaete worms may be a source of
the infection, and thus should be avoided as food, particu-
larly if their source is unknown. Direct transmission occurs
between fish. The infection can spread within a population
if not controlled. If fish are not highly valuable, the most
appropriate choice would be to eliminate the infected pop-
ulation. At present, the infection is not widespread in
research facilities, perhaps due to bleaching of fish eggs and
quarantine procedures.
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Public Health Considerations. Pseudocapillaria tomen-
tosa does not infect humans, but freshwater fishes are an
intermediate host for another capillarid (Capillaria philip-
pinensis) that can be lethal to humans. It should be noted
that fishes serve as intermediate or paratenic hosts for other
nematodes that are pathogenic to humans. Eustrongylides
in freshwater fishes and anisakine nematodes (Anisakis,
Psuedoterranova) in marine fishes are examples. Humans
should avoid eating raw fish that has not been previously
frozen, particularly from fishes captured in the wild.

PHYLUM ARTHROPODA

Branchiurans (e.g., Argulus spp.) and copepods are crus-
taceans that parasitize both marine and freshwater fishes.
The parasitic stages of these crustaceans are so morpholog-
ically specialized that they are often unrecognizable as
arthropods. Some cause serious problems in captive fishes
because of the pathological changes caused by their spe-
cialized feeding behavior. A few species are problems in
research facilities and are discussed below.

Argulus spp.

Morphology. Branchiurans possess a flat, oval, dorsal shield
which covers the majority of the appendages (Figure 7.35).
Branchiurans are dorsoventrally flattened and thus adhere
closely to the host’s surface. Adults reach up to 12 mm in

Fig. 7.35 Argulus from black bass. Courtesy of W.A. Rogers, South-
eastern Cooperative Fish Disease Project, Auburn University.



length. Argulus, also known as the “fish louse,” is the most
widespread genus of this group. Argulus spp. possess com-
pound eyes, a suctorial proboscis, two anterior-ventral
prominent sucking discs that serve as attachment organs,
four pairs of thoracic swimming legs, and a laterally
expanded carapace that forms respiratory alae119.

Hosts. Argulus spp. infest a wide range of both fresh-
water and marine fishes. Among captive laboratory fishes,
the goldfish and carp are common freshwater hosts, and
the sheepshead minnow, gulf killifish, and mummichog
are common marine hosts.

Life Cycle. Mature female branchiurans leave their
hosts to deposit eggs on vegetation or other objects. Eggs
usually hatch and develop into juveniles within 10 to 50
days120. Juveniles range from 1 to 3 mm and look like
adults without suckers. The juveniles must attach to a suit-
able host within two to three days or they will die. After
attachment, they mature to the adult stage in about 30
days. Adults can survive without a host for several days.

Pathologic Effects. Areas of attachment of Argulus
adults may leave abrasions on the skin from penetration of
the stylet feeding organ. During feeding, the parasites are
believed to elaborate toxic substances which are responsi-
ble for the severe local reaction4. The local mechanical
injury results in hemorrhagic wounds that can serve as sites
for secondary infections. The skin of infested fishes may
also become erythemic, and excess mucus may be secreted.
Heavy infestations can cause mass mortalities, especially of
young fishes.

Clinical Disease. Argulus spp. can be seen moving
around on the body surfaces of fishes. Slight to moderate
infestations of argulids will cause fishes to rub against the
sides and bottom of the aquarium or pond in an attempt
to dislodge the irritating parasites. Heavy infestations may
cause fishes to become lethargic, seek the sides of the
aquarium or pond, and have difficulty maintaining equi-
librium.

Diagnosis. The larger branchiuran crustaceans are
easily recognizable grossly. Wet mounts of the skin or buc-
cal cavity may be necessary for identification of smaller
specimens. Diagnosis is easily made by identification of
the distinctive features, including the flattened dorsal
shield, the cuplike suckers, and the compound eyes.

Treatment. Small numbers of parasites can be
removed with forceps, but this does not eliminate parasites
in the environment. Two applications at weekly intervals
of Masoten (0.25 mg/l) added to the water is reported to
be effective at removing all life stages.

92 FLYNN’S PARASITES OF LABORATORY ANIMALS

Prevention. Specific management practices may
reduce or eliminate argulids. For example, increased water
flow through ponds or enclosed systems may wash early
parasite stages away before they can find a host. Removal
of suitable habitat for egg-laying females may further
reduce populations. Draining and drying ponds will
destroy all stages of these parasitic crustaceans. We have
seen several outbreaks of Argulus spp. on wild-caught
sheepshead minnows held in flow-through aquaria. This
infection could be prevented by using tank-reared
sheepshead minnows, which are available from commer-
cial suppliers, or by prophylactic treatment of wild-caught
fish with formalin baths.

Public Health Considerations. Argulus spp. are not
transmissible to humans.

Lernaea spp.

Morphology. Lernaea spp. (Copepoda) are commonly
referred to as “anchor worms.” Adult anchor worms are
about 7 to 25 mm long, with the anterior end embedded
under the skin of the fish (Figure 7.36). Two elongated egg
sacs are seen at the posterior of the parasite. Careful dissec-
tion of the parasite from the skin reveals the anchor-like
attachment structure. Copepodids can be easily visualized
with a dissecting microscope. They are dark, actively mov-
ing, and resemble typical free-living copepods.

Hosts. Lernaea cyprinacea infests a wide variety of
cyprinid fishes, and has also been found on fishes of other
families, including salmonids such as rainbow trout reared
in warm surface waters43.

Life Cycle. Typical of many parasitic copepods, the
adult female is the most pathogenic form. Eggs are released
into the water, hatch, and release a larval stage, the nau-
plius. The nauplius develops through two additional 
free-living stages before locating a suitable host and matur-
ing to the adult stage. Adults feed on skin mucus. Males
die after mating. In temperate zones, the female over 
winters as a larva, or as a juvenile adult attached to a fish.
Females will attach to the skin and fins.

Pathologic Effects. Lester and Roubal121 reviewed
the pathogenesis of L. cyprinacea infestation. Infested fish
may show hemorrhage, ulceration, hyperplasia, and fibro-
sis at the site of attachment7. Ulcers may serve as portals
for secondary bacterial or fungal infections. Underlying
muscles may become necrotic. A thick connective tissue
encapsulation ultimately occurs around the portion of the
parasite within the host122.



Clinical Disease. Lernaea cyprinacea causes severe
mortality in carp and goldfish reared in both ornamental
and food fish ponds121. Heavy infestations can lead to 
anemia, debilitation, and death. Heavy infestations by
copepodids on the gills may cause respiratory distress121.

Diagnosis. Infestation is diagnosed by visualization
of the females attached to the skin. This is best accom-
plished using a dissecting microscope.

Treatment. Organophosphate insecticides added to
the water have been recommended for treating parasitic
copepods, including anchor worms7,20,40,121. Dimilin
(diflubenzuron) (UniRoyal Chemical Co.) applied in
ponds at 0.01 to 0.03 ppm was effective at reducing 
L. cyprinacea infestations on golden shiners (Notemigonus
crysoleucas)121,123. Incorporation of ivermectin and its ana-
log, emamectin, into feed has been used successfully to
treat another type of skin-parasitic copepod, caligid infes-
tations in farmed salmon124. Emamectin is sold as Slice®

(Schering-Plough Animal Health). Salmincola californien-
sis, a gill parasite, has been treated by oral intubation of
ivermectin (0.2 mg/kg body weight)125. In light of these
reports, oral administration of avermectins might also
prove useful for Lernaea infestations.

Other commonly available chemicals used in aquacul-
ture were evaluated for treating Lernaea bhadraensis infes-
tations in the carp Catla catla126. Bath treatment twice 
per day over five consecutive days, with 30 ppm potassium
permanganate (KMnO4) for 20 minutes, was 100% 
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effective in killing adult and larval parasites. Larval stages
of L. bhadraensis were also highly sensitive to formalin at 
150 and 250 ppm, while the adult parasites showed
marked resistance, even up to 500 ppm at a water temper-
ature of 25.5°C.

Prevention. Removal of adult females from fish
before introduction into the animal facility will prevent
the infestation.

Public Health Considerations. Lernaea spp. are not
zoonotic.
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TABLE 7.1 Parasites of fish—circulatory/lymphatic system.

Geographic Location in
Parasite distribution Hosts host Method of infection Pathologic effects Reference

Flagellates

Trypanoplasma Europe Goldfish, carp, Blood Bite of intermediate Lethargy, anorexia, 43, 128
(Cryptobia) European host (leech) weight loss anemia, 
cyprinid, minnow, others death
T. borelli

Trypanoplasma North America Salmonids, Blood Direct transmission Lethargy, anorexia, 43, 127
(Cryptobia) sticklebacks, or bite of weight loss, anemia, 
gurneyorum, others intermediate host death
T. salmositica (leech)

Trypanosoma spp. North America Brook trout, Blood Bite of intermediate Not reported 43, 128, 129 
others host (leech)

Trypanosoma Europe Carp, eel, Blood Bite of intermediate Anemia, debilitation, 128, 130
danilewski, European host (leech) death
T. granulosum, minnow

Apicomplexa

Dactylosoma Eastern Canada Brook trout Blood Bite of unknown Not reported 43
salvelini bloodsucking invertebrate

Myxozoa

Tetracapsuloides Europe, Salmonids Blood, kidney, Actinosporean from Anemia, renosplenomegaly 247
bryosamonae North America spleen, etc. bryozoans, penetration 

of skin and gills

Trematodes 

Sanguinicola armata, Europe Goldfish, carp, Blood vessels Penetration of skin by Ova and miracidia cause 43, 132
Sanguinicola spp. others cercaria released from extensive gill damage, 

snail death
Sanguinicola davisi, North America Rainbow trout, Blood vessels Penetration of skin by Ova and miracidia cause 43

S. huronis black bass cercaria released from snail extensive kidney and gill 
damage, death

Larval

Ascocotyle leighi, Southern Topminnows, killfishes, Conus arteriosus Penetration by cercaria Cysts in conus arteriosus 43, 133
A. tenuicollis United States mollies, others released from snail which sometimes block flow 

of blood
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TABLE 7.2 Parasites of fishes—enterohepatic system.

Geographic
Parasite distribution Hosts Location in host Method of infection Pathologic effects References

Flagellates

Spironucleus Europe Goldfish, other aquarium Intestine Ingestion of cyst passed Catarrhal enteritis, anorexia, 9, 13, 43, 248
(Hexamita) fishes, salmonids, in feces listlessness, emaciation,
intestinalis other fishes retarded growth, death

Spironucleus North America Salmonids, other fishes Intestine Ingestion of cyst passed Catarrhal enteritis, anorexia, 9, 134, 248
(Hexamita) in feces listlessness, emaciation, 
salmonis retarded growth, death

Amoebae

Schizamoeba salmonis US Trout, Pacific salmons Stomach, intestine Ingestion of organism Nonpathogenic 9, 43
passed in feces

Coccidia

Calyptospora spp. US Fundulus spp. Liver Ingestion of shrimp Increased susceptibility 27, 31, 32 
intermediate host to cold shock

Eimeria spp. and Europe, US Goldfish, carp, Various organs Ingestion of oocyst Enteritis, anemia, 9, 25, 26 43,
Goussia spp. salmonids, others passed in feces emaciation, death 135–137

Myxozoa

Ceratomyxa shasta Western US Rainbow trout Multiple organs Actinosporeans from the May cause high 138, 139
aquatic polychaete mortality in fry
Manayunkia speciosa

Chloromyxum spp. Asia, Europe, Carp, bluegill, Gallbladder Probably by actinosporeans May cause hypertrophy 13, 43
North America sunfishes, salmonids released from of gallbladder, anorexia,

oligochaete  worms debilitation, diarrhea, 
anemia, death

Myxidium spp. Europe, Sticklebacks, topminnows, Liver, gallbladder, Probably by actinosporeans Variable mortality, 13, 43, 140
North America killifishes, mosquitofish, kidney released from most nonpathogenic

salmonids, bass, oligochaete worms
others

Myxobolus capsulatis Southern US Topminnows Viscera Probably by actinosporeans Cysts in viscera 43
released from oligochaete 
worms

Myxobolus cyprini Europe Carp, others Liver (also found Probably by actinosporeans Inflammation of 13
in spleen, kidneys) released from oligochaete kidney and spleen

worms
Myxobolus grandis Northeastern US Shiners, others Liver Probably by actinosporeans Enlarged liver 43

from oligochaete worms

(Continued)
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TABLE 7.2 (Continued)

Geographic
Parasite distribution hosts Location in host Method of infection Pathologic effects References

Trematodes

Allocreadium spp. US Shiners, trout, catfish, Stomach, intestine Ingestion of metacercaria Unknown 43
goldfish, others in arthropod, clam

Alloglossidium corti North America Channel catfish, others Intestine Ingestion of intermediate host Unknown 43, 147
Azygia spp. Asia, Europe, Bluegill, sunfish, catfish, Intestine and/ Ingestion of cercaria in snail Unknown 43, 144, 145

North America salmonids, others or stomach and/or in fish
Bucephalus elegans US Bluegill, sunfish, others Intestine Ingestion of metacercaria in Unknown 43

muscle or skin of fish
Bucephalus Europe Goldfish, carp, Atlantic Intestine Ingestion of metacercaria Unknown 43

polymorphus salmon, eels, others in gills or skin of fish
Bunodera spp. Europe, Carp, black bass, brown Intestine Ingestion of intermediate host Unknown 43

North America trout, others
Centovarium lobotes North America Black bass, other Stomach, intestine Ingestion of metacercaria Unknown 43

centrarchids, channel in muscle
catfish, eels, other fishes

Crepidostomum spp. Europe, Carp, catfish, sunfish, Intestine Ingestion of intermediate host May cause enteritis 43, 148
North America black bass, salmonids, and death

others
Creptotrema funduli US Topminnows, Intestine Ingestion of Unknown 43

sticklebacks, other fishes metacercaria in insect
Cryptogonimus chyli North America Bluegill, sunfish, others Stomach, intestine Ingestion of metacercaria Unknown 43

in muscle
Homalometron Southern US Sunfish, others Intestine Ingestion of metacercaria Unknown 43, 149

armatum in clam
Holostephanus ictaluri US Channel catfish Intestine Ingestion of cercaria Unknown 43

released from mollusk
Microphallus opacus North America Black bass, channel Stomach, intestine Ingestion of metacercaria Unknown 43, 146

catfish, eels, other fishes in crustacean
Plagioporus spp. Europe, Sunfish, salmonids, Intestine Ingestion of metacercaria in Unknown 43

Middle East, shiners, chubs, others intermediate host (arthropod)
North America

Podocotyle spp. Europe, Salmonids, others Intestine Unknown Unknown 43, 150
North America

Proterometra US Bluegill, sunfish, others Esophagus Ingestion of metacercaria Unknown 43, 141
macrostoma in snail

Proterometra spp. US Bluegill, sunfish Intestine Ingestion of metacercaria Unknown 43, 142, 143
in snail

Rhipidocotyle US Sunfish, others Intestine Ingestion of metacercaria Unknown 43
septpapillata in gills or skin of fish

Sphaerostoma spp. Europe Carp, European minnow, Intestine Ingestion of cercaria released Unknown 43
chubs, eels, trout, others from mollusk

Vietosoma parvum Eastern US Channel catfish Stomach, intestine Ingestion of intermediate Unknown 43
host (arthropod)
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Larval

Acocotyle spp. Southern US Topminnows, mollies Liver, intestinal wall, Penetration of surface by Cysts in liver or 43
other organs cercaria released from snail intestinal wall

Petasiger nitidus North America Shiners, guppy, bluegill, Esophagus Penetration of surface by Cysts in esophagus 43
other fishes cercaria released from snail

Cestodes

Adult

Atractolytocestus US Carp Intestine Ingestion of intermediate host Unknown 43, 161
huronensis

Bothriocephalus spp. Asia, Europe, Bluegill, carp, sunfish, Intestine, pyloric ceca Ingestion of intermediate host Enteritis, intestinal 43, 152
North America black bass, sticklebacks, (copepod, small fish) blockage

eels, others
Caryophyllaeus spp. Europe, Carp, others Intestine Ingestion of intermediate Unknown 13, 43

North America host (oligochaete)
Corallobothrium spp. North America Channel catfish, Intestine Ingestion of intermediate host Probably harmful to host 43, 151

other ictalurids (copepod, small fish)
Cyathocephalus Europe, Brown trout, other fishes Intestine Ingestion of intermediate host Unknown 43, 157

truncatus North America (small fish)
Eubothrium crassum, Europe, Salmonids, others Pyloric ceca Ingestion of intermediate Reduced growth, 43, 156

E. salvelini North America host (copepod) swimming ability
Khawia spp. Central US Carp, other cyprinids Intestine Ingestion of intermediate host Unknown 43, 160
Ophiotaenia fragilis North central US Channel catfish Intestine Unknown Unknown 43
Proteocephalus spp. Europe, Black bass, salmonids, Intestine Ingestion of intermediate host Unknown 43, 152–155

North America catfish, sunfish, others (copepod or small fish)
Triaenophorus spp. Europe, Carp, sunfish, black bass, Intestine Ingestion of intermediate Unknown 43, 158, 159

North America rainbow trout, others host (small fish)

Larval

Corallobothrium North America Shiners Viscera Ingestion of intermediate Unknown 43
imbriatum host (copepod)

Diphyllobothrium spp. Europe, Salmonids, others Viscera Ingestion of intermediate Zoonotic 43
North America host (copepod)

Haplobothrium North America Guppies, sunfish Liver Ingestion of intermediate Unknown 43, 163
globuliforme host (copepod)

Proteocephalus spp. North America Chubs, shiners, Viscera (also found in Ingestion of intermediate Migrating plerocercoids 43, 153, 162
topminnows, killfishes, gonads or muscle, host (copepod) cause extensive damage
bluegill, trout, catfish, depending on species) to viscera, fibrosis adhesions, 
others distortion of body, sterility

Triaenophorus North America, Goldfish, sunfish, Liver Ingestion of intermediate Cysts in liver; massive 13, 43
nodulosus Europe salmonids, others host (copepod) infections cause destruction

of liver, death
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TABLE 7.2 (Continued)

Geographic
Parasite distribution hosts Location in host Method of infection Pathologic effects References

Nematodes

Adult

Camallanus spp. Europe, Carp, salmonids, sunfish, Intestine Ingestion of intermediate Unknown 13, 43
North America shiners, others host (copepod)

Capillaria catenata North America Bluegill, sunfish, catfish, Intestine Probably by accidental Heavy infections 43
others ingestion of egg cause enteritis

Capillaria eupomotis Europe European minnow, Liver Probably by accidental Extensive liver damage 43
sunfish, others ingestion of egg

Contracaecum Europe Salmonids, others Stomach Ingestion of second Length: 18 to 36 mm. 56, 169
aduncum intermediate host Unknown

(small fish)
Contracaecum North America Sunfish, others Stomach, intestine Ingestion of second Length: up to 90 mm. 43

brachyurum intermediate host (small fish) Unknown
Dacnitoides North America Chubs, sunfish, Intestine Ingestion of copepod Unknown 43

cotylophora black bass, others
Dacnitoides robusta North America Channel catfish, Intestine Ingestion of copepod Unknown 43

other ictalurids
Haplonema aditum North America Eels Intestine Probably by ingestion Unknown 43, 164

of copepod
Metabronema salvelini Northern Salmonids, others Intestine Ingestion of intermediate Unknown 43

US, Canada host (mayfly)
Pseudocapillaria US, Canada Salmonids Intestine Unknown Unknown 43, 108

catostomi
Pseudocapillaria North America, Cyprinids Intestine Direct, ingestion of Enteritis, neoplasia 109, 111–113

tomentosa Europe infective ova 
Rhabdochona denudata Asia, Europe Salmonids, others Intestine Ingestion of intermediate host Unknown 165, 166
Spinitectus spp. Europe, Sunfish, black bass, Stomach, intestine Ingestion of intermediate host May cause enteritis and 167, 168

North America catfish, others (mayfly) death

Larval

Contracaecum US, Canada Shiners, sunfish, Viscera Ingestion of copepod, Migrating larvae cause damage 170
piculigerum catfish, others amphipod extensive visceral 

Spiroxys sp. North America Carp, shiners, catfish, Viscera (also found Ingestion of first Cysts in mesentery; 171
sunfish, others in mesentery) intermediate host (copepod) probably causes little damage

except in heavy infections

Acanthocephala

Acanthocephalus spp. Europe, Goldfish, carp, salmonids, Intestine Ingestion of intermediate Enteritis, death 43
North America catfish, others host (amphipod)

Echinorhynchus spp. Europe, Sunfish, salmonids, others Intestine Ingestion of intermediate Ulcerative enteritis 43, 152, 174
North America host (amphipod)
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Leptorhynchoides US, Canada Carp, shiners, others Adult: pyloric ceca Definitive: ingestion of Adult: extensive 175
thecatus Larva: mesentery, intermediate host (amphipod, damage to cecal mucosa

liver small fish) 
Intermediate: Larva: cysts in mesentery, 

ingestion of intermediate host liver
(amphipod)

Neoechinorhynchus spp. Asia, Europe, Shiners, sunfish, Adult: intestine Definitive: ingestion of second Adult: local damage to 43, 172
North America salmonids, others intermediate host (small fish) intestinal mucosa

Larva: liver Intermediate: ingestion of first Larva: cysts in liver
intermediate host (ostracod)

Octospiniferoides Southern US Killifish, mosquitofish Intestine Ingestion of intermediate Unknown 43, 173
chandleri host (probably ostracod)

Pomphorhynchus North America Goldfish, carp, sunfish, Adult: intestine Definitive: ingestion of second Adult: extensive damage to 43, 176
bulbocolli salmonids, others Larva: mesentery, intermediate host (small fish) intestinal mucosa; sometimes

liver, spleen Intermediate: ingestion of first perforation of intestine,
intermediate host (amphipod) trauma to liver

Larva: cysts in mesentery, 
liver, spleen

Pomphorhynchus laevis Europe Goldfish, carp, salmonids, Intestine Ingestion of intermediate Extensive damage to 43, 177
sticklebacks, eels, others host (amphipod) intestinal mucosa; sometimes

perforation of intestine, trauma 
to liver
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TABLE 7.3 Parasites of fishes—musculoskeletal system.

Geographic 
Parasite distribution hosts Location in host Method of infection Pathologic effects References

Myxozoa

Myxobolus (Myxosoma) Asia, Europe, Trout, other salmonids Cartilage, spine Ingestion of spores Destruction of cartilage 131, 178
cerebralis North America released from tissue of head, spine; deformation

of head, spine; blackened 
tail; impaired locomotion
(“whirling disease”)

Myxosoma spp. North America Bluegill, sticklebacks, Cartilage, spine Ingestion of spores Causes cysts in cartilage 43, 131
sunfish, black bass released from tissue of head

Myxobolus spp. North America Black bass, minnows, Muscle Probably by ingestion Cysts in muscle 43, 179
shiners, salmonids, others of spores released from tissue

Henneguya salmincola Alaska, Siberia Pacific salmon Muscle, subcutis Probably by ingestion of Cysts in muscle, subcutis 180
spores released from (“tapioca disease”)
tissue

Pleistophora spp. Europe, Topminnows, Muscle Ingestion of spores Cysts in muscle, emaciation, 13, 56, 181
North America swordtails, tetras, others released from tissue death (“neon tetra disease”)

Trematodes

Larval, digenetic

Bolbophorus confusus Africa, Europe, Trout, others Muscle Penetration by cercaria Cysts in muscle 43
Northwestern US released from snail

Hysteromorpha triloba Asia, Europe, Golden shiner, others Muscle Penetration by cercaria Cysts in muscle 43
Americas released from snail

Prohemistomum ovatis Europe Carp, other cyprinids Muscle Penetration by cercaria Cysts in muscle 182
released from snail

Clinostomum North America Minnows, chubs, shiners, Muscle, connective Penetration by cercaria Light yellow cysts in 13, 43, 183
marginatum killifish, sunfish, others tissue, gills released from snail muscle, connective 

tissue, gills
Clinostomum Eastern Europe, Goldfish, others Muscle, Penetration by cercaria Light yellow cysts 13, 183

complanatum southern Asia connective tissue released from snail in muscle, connective 
tissue, gills

Bucephalus elegans North America Shiners, others Muscle, skin Penetration by cercaria Cysts in muscle, skin 43
released from snail

Macroderoides spinifera North America Killifish, mollies, Muscle Penetration by cercaria Cysts in muscle 43
mosquitofish released from snail

Paramacroderoides North America Killifishes, mollies, Muscle Penetration by cercaria Cysts in muscle 43, 184
echinus mosquitofish released from snail

Sellacotyle mustelae North America Fathead minnow, chubs, Muscle, mesentery Penetration by cercaria Small cysts in muscle, 43
shiners, others released from snail mesentery

Apophallus brevis North America Perch Muscle Penetration by cercaria Bony ossicles 249
released from snail

Apophallus donecius North America Cyprinids and salmonids Bone, vertebrae Penetration by cercaria Vertebral deformities 250
released from snail
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Apophallus muelingi Europe Cyprinids Muscle, gills Penetration by cercaria Cysts in muscle, gills 144
released from snail

Centrovarium lobotes North America Bluntnose minnow, Muscle Penetration by cercaria Unpigmented cysts in muscle 43
shiners, others released from snail

Opisthorchis tenuicollis Asia, Europe, Carp, other cyprinids Muscle, Penetration by cercaria Cysts in muscle, connective 56
North America connective tissue released from snail tissue; may infect man

Opisthorchis tonkae North America Sunfish, others Muscle Penetration by cercaria Cysts in muscle 185
released from snail

Cestodes

Larval

Diphyllobothrium spp. Worldwide Salmonids, eels, others Muscle, connective Ingestion of intermediate Hemorrhage, fibrosis, 13, 43
tissue, mesentery, host (copepod) adhesions, emaciation, 
liver, spleen reduces fertility, death

Triaenophorus crassus Europe, Salmonids, others Muscle, Ingestion of intermediate Yellow cysts in muscle, 43
North America connective tissue host (copepod) connective tissue

Nematodes

Larval

Eustrongylides spp. Europe, Carp, sunfish, Muscle, viscera Ingestion of intermediate Large red cyst up to 10 mm 43
North America sticklebacks, trout, host (oligochaete) in diameter in muscle, 
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TABLE 7.4 Parasites of fishes—nervous system.

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Myxozoa

Henneguya Europe Goldfish Eyes Probably actinosporeans Cysts in cornea 13, 181
zikaweiensis from oligochaetes

Myxobolus North America Minnows, shiners Eyes Probably actinosporeans Cysts in sclera of eye 43
(Myxosoma) hoffmani, from oligochaetes
M. orbitalis

Myxobolus neurobius, Europe, Salmonids Spinal cord, nerves Probably actinosporeans Cysts in nerves, spinal cord 13, 43, 180
M. kisutchi North America from oligochaetes

Myxobolus spp. North America Minnows Brain (also found Probably actinosporeans Cysts in brain, viscera 43, 180
in viscera) from oligochaetes

Pseudoloma neurophilia North America, Zebrafish, possibly Hind brain, spinal Direct, ingestion of spores Neuritis, meningitis, 52, 53
Europe neon tetras and swordtails cord, nerve roots, myositis, associated with

somatic muscle emaciation and skeletal 
deformities

Trematodes

Larval digenetic

Diplostomulum spp. Europe, Carp, goldfish, minnows, Vitreous body Penetration by cercaria Adults unknown; 43
North America salmonids, shiners, released from snail probably causes blindness

sunfish, others
Diplostomum spp. Europe, Goldfish, carp, minnows, Eye lens, Penetration by cercaria Opacity of lens, blindness, 43, 186–189

North America bass, salmonids, sunfish, vitreous body released from snail increased intraocular 
others pressure, rupture of 

cornea, death
Ornitho-diplostomum North America Cyprinids, fathead minnow Brain Penetration by cercaria Behavior changes 43, 246

ptychocheilus released from snail

Tetracotyle lepomensis North America Shiners, bluegill Vitreous body Penetration by cercaria Probably causes blindness; 43
(also found in released from snail cysts in mesentery
mesentery)
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TABLE 7.5 Parasites of fishes—respiratory system/skin and connective tissue.

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Amyloodinium Worldwide Marine fishes Direct contact with Hyperplasia, inflammation 9
ocellatum free-swimming and necrosis of gill 

dinospores epithelium
Bodomonas concava North America Bluegills, other fishes Gills Direct contact with Unknown 43

free- swimming stage
Cryptobia spp. North America Goldfish, carp Skin, gills Unknown Unknown, apparently 43, 127, 128

a commensal
Colponema spp. Americas Bluegills, catfish, others Gills Direct contact with Unknown 43, 191

free- swimming stage
Ichthyobodo neactaor Asia, Europe, Salmonids, goldfish, Skin, gills Direct contact with Causes gray coating on 43, 190

North America guppies, platyfish,  free- swimming stage skin, anorexia, 
wordtail, tropical  debilitation, death
mouthbreeders, others

Piscinoodinium Europe, Freshwater fishes Skin, gills Direct contact with Yellow-brown coating 9, 11–14, 43, 192
pillulare North America free-swimming dinospores on skin, gills; debilitation;

impaired respiration; 
sometimes death

Myxozoa

Chloromyxum North America Chubs, others Gills Probably infection of surface Cysts in gills 43
externum by actinosporeans 

from oligochaetes
Dermocystidium spp. Asia, Europe, Carp, goldfish, Gills and/or skin Ingestion of spores Cysts in gills or skin 13, 43, 196, 197

North America salmonids, sticklebacks
Glugea anomala Alaska, Europe Sticklebacks Subcutaneous tissues, Ingestion of spores released Large thick-walled cysts in 13, 194, 195

peritoneum,  from tissue subcutaneous tissues, 
stomach, intestine, body deformation, death
ovaries, cornea

Henneguya spp. North America Catfish, shiners, Skin, subcutis, Probably infection of surface Cysts in skin, subcutis, gills 43, 180
salmonids and gills (depending by actinosporeans

on parasite species) from oligochaetes
Myxobolus spp. North America Salmonids, shiners, Skin and/or Probably infection of surface Cysts in skin, cranial cavity, 9, 43, 128

minnows, others abdominal and by actinosporeans from hepatic destruction,
cranial cavities oligochaetes increased mortality

Myxobolus spp. North America Minnows, carp, others Gills Probably infection of Cysts in gills, dyspnea, 13, 43
surface by actinosporeans death
from oligochaetes
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TABLE 7.5 (Continued)

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Myxobolus spp. Asia, Europe, Carp, minnows, shiners, Skin and/or gills, and Probably infection of Cysts in skin, gills, muscle, 9, 13, 43, 179
North America sunfish, others viscera (depending surface by actinosporeans spleen, mesentery, intestine,

on parasite species) from oligochaetes ovaries
Pleistophora North America Rainbow trout, Gills Ingestion of spores Cysts in gills, anemia, 43

salmonae Pacific salmon, other released from tissue inflammation of gills, 
salmonids proliferation of gill lamellae,

death
Thelohanellus North America Bluntnose Skin Probably infection of surface Cysts in skin 43

notatus minnow, shiners by actinosporeans 
from oligochaetes

Unicauda brachyuran, North America Shiners, trout Skin, fins Probably infection of surface Cysts in fins 43, 193
U. fontinalis by actinosporeans 

from oligochaetes
Unicauda plasmodia North America Catfish Gills Probably infection of surface Cysts in gills 43

by actinosporeans from
oligochaetes

Microsporidia

Glugea anomala Alaska, Europe Sticklebacks Subcutaneous tissues, Direct, ingestions of spores Large thick-walled cysts 13, 61, 69, 
peritoneum, in subcutaneous tissues, 194, 195
stomach, intestine, body deformation, death
ovaries, cornea

Loma salmonae North America Rainbow trout, Gills Direct, ingestion of spores Cysts in gills, anemia, 43, 49, 57, 59
Pacific salmon, other inflammation of gills, 
salmonids proliferation of gill

lamellae, death

Choanoflagellate

Dermocystidium spp. Asia, Europe, Carp, goldfish, Gills and/or skin Unknown Cysts in gills or skin 13, 43, 196, 197
North America salmonids, sticklebacks

Ciliates

Ambiphrya ameiuri North America Catfish, bass, others Gills Direct contact with Heavy infections 9, 43, 200
organism in water may cause death

Amphileptus voracus North America Channel catfish, others Gills Direct contact with Probably beneficial to 43
organism in water host; ingests pathogenic

protozoans
Apiosoma piscicola Europe Goldfish, Gills Direct contact with Unknown 9, 13, 201

sticklebacks, others organism in water
Chilodonella Worldwide Freshwater fishes Skin, gills Direct contact with Hyperplasia and necrosis 13, 43, 45, 46

piscicola and organism in water of gill epithelium
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C. hexasticha
Epistylis spp. North America Bluegills, black bass, Skin Direct contact with Heavy infections sometimes 9, 13, 43

trout, others organism in water cause erosion of scale,
dermal ulcers

Ichthyophthirius Worldwide All freshwater fishes; Skin, gills Direct, infection of surface Irritation of skin, gray-white 37, 41, 198
multifiliis common on fishes in by free-swimming stage granulomatous dermal 

captivity (theronts) lesions, (ichthyophthiriasis,
“ich,” “white spot disease”)

Ophryoglena spp. North America Chubs, bluegills, Skin Direct contact with Epithelial sloughing, lethargy, 43, 199
black bass, others organism in water sometimes death

Trichodina spp. Asia, Europe, Sunfish, catfish, goldfish, Skin and/or gills Direct contact with Excess mucus production, 9, 202, 203
North America, minnows, salmonids, organism in water skin blotches, loosened scales,
Europe others frayed fins, epithelial

hyperplasia, dyspnea, death
Trichodinella Europe, Carp, goldfish, Gills Direct contact with Hyperplasia of gill epithelium, 9, 3, 202

myakkae, T. subtilis North America minnows, trout, others organism in water dyspnea, death
Trichophrya spp. North America Black bass, catfish, Gills Direct contact with Unknown 9, 43

salmonids, channel catfish organism in water
Tripartiella spp. Europe, Chubs, catfish, Gills Direct contact with Heavy infections probably 9, 43, 202

North America minnows, others organism in water cause dyspnea, death

Trematodes

Monogenetic

Actinocleidus fusiformis North America Black bass Gills Direct contact Heavy infections cause 43
dyspnea, death

Anchoradiscoides North America Sunfish Skin, gills Direct contact Unknown 209
serpentinus

Clavunculus bursatus North America Bluegills, black bass Gills Direct contact Heavy infections cause 43
dyspnea, death

Cleidodiscus spp. North America Sunfish, catfish, others Gills Direct contact Heavy infections cause 43
dyspnea, death

Dactylogyrus spp. Worldwide Goldfish, carp, others Gills Direct contact Hypertrophy of gill filaments, 13, 43, 207
sometimes death

Diplozoon nipponicum Asia Carp, other cyprinids Gills Direct contact Causes adhesions, edema of 56
gills; dyspnea, death

Diplozoon paradoxum Europe Carp, European Gills Direct contact Adhesions, edema of gills; 13
minnow, others dyspnea, death

Discocotyle sagittata Europe, Trout, Atlantic salmon Gills Direct contact Heavy infections cause 43, 214
North America dyspnea, death

Gyrodactylus spp. Asia, Europe, Goldfish, carp, bluegills, Skin, gills Direct contact Ingests blood; causes mucous 13, 43, 99, 
North America catfish, minnows, coating on skin, gills; frayed 100, 

shiners, trout, others fins; sometimes death 204–206
Lyrodiscus North America Bluegills Skin, gills Direct contact Hypertrophy of gill 209

seminolensis, filaments, sometimes death
L. muricatus
Pseudacolpenteron Asia, Europe, Carp, other cyprinids Gills, fins Direct contact Hypertrophy of gill filaments, 208

pavlovskyi North America sometimes death
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TABLE 7.5 (Continued)

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Urocleidoides spp. Europe, Guppies, sunfish, others Gills Direct contact Heavy infections cause 210, 211
North America, dyspnea, death
West Indies

Urocleidus spp. Europe, Bluegills, sunfish, Gills Direct contact Heavy infections cause 43, 212, 213
North America black bass dyspnea, death

Larval, digenetic

Apophallus brevis, Europe, Carp, shiners, trout, others Skin Penetration by Black cysts in skin 43
A. venustus North America cercaria released from snail

Ascocotyle angrense, Europe, Topminnows, mollies, Gills Penetration by cercaria Cysts in gills 43, 223
A. coleostoma North America other fishes released from snail

Ascocotyle mcintoshi Southern US Mollies, mosquitofish Mesentery, viscera Penetration by cercaria Cysts in mesentery, viscera 43, 224
released from snail

Bucephalus Europe Cyprinids, eels, others Gills, skin, fins Penetration by cercaria Cysts in gills, skin, fins; 220
polymorphus released from snail hemorrhagic necrosis in 

fins, eyes, mouth; 
sometimes death

Crassiphiala North America Fathead minnows, Skin, gills, muscle Penetration by cercaria Black cysts in skin, branchial 43, 217
bulboglossa chubs, shiners, others released from snail arches, muscle; heavy

infections cause death
Echinochasmus North America Sticklebacks, others Gills Penetration by cercaria Cysts in gills 43

donaldsoni, released from snail
E. schwartzi

Euparyphium melis Asia, Europe, Bluegills, other fishes Nares, cloaca Penetration by cercaria Unknown 43, 221
North America released from snail

Nanophyetus Pacific coast of Goldfish, other cyprinids, Gills, eyes, tongue, Penetration by cercaria Cysts produce mechanical 43
salmincola North America, mosquitofish, sunfish, muscle, heart, released from snail damage; heavy infections

Siberia salmonids, sticklebacks viscera cause death; serious 
pathogen in some hatcheries;
zoonotic vector for 
Neorickettsia  helminthoeca

Neodiplostomum Eastern Europe Carp Skin, muscle Probably by penetration Cysts in skin, muscle 13
perlatum by cercaria released from snail

Ornithodiplostomum North America Fathead minnows, Peritoneum, viscera, Penetration by cercaria Cysts in peritoneum, 43, 219
ptychocheilus chubs, shiners brain released from snail viscera, brain

Posthodiplostomum Europe Goldfish, sticklebacks, Skin, gills, muscle, Penetration by cercaria Black cysts in skin; heavy 13, 218
cuticola others mouth released from snail infections probably

cause death
Posthodiplostomum North America Minnow, catfish, Mesentery, kidneys, Penetration by cercaria Cysts in mesentery, kidneys, 13, 219

minimum shiners, sunfish, others liver, spleen, released from snail liver, spleen, pericardium
pericardium (white grub); heavy

infections cause death
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Ribeiroia ondatrae North America Bluegills, sunfish, Subcutis Penetration by cercaria Cysts in lateral line system 43, 222
black bass, others released from snail

Tetracotyle echinata, Asia, Europe Carp, salmonids, others Peritoneum Penetration by cercaria Cysts in peritoneum, 43, 215
T. sogdiana released from snail adhesions, peritonitis

Tetracotyle intermedia Asia, Brown trout, others Pericardium Penetration by cercaria Cysts in pericardium 43
North America released from snail

Uvulifer ambloplitis North America Minnows, shiners, Skin, muscle Penetration by cercaria Black cysts in skin, muscle; 43, 216
sunfish, others released from snail heavy infections cause death

Cestodes

Larval

Ligula intestinalis Asia, Europe, Goldfish, carp, minnows, Abdominal cavity Ingestion of intermediate Abdominal distention, 13, 43, 225
North America shiners, black bass, host (copepod) compression of viscera,

trout, others excessive proliferation of 
connective tissue, obliteration 
of gonads, sterility, rupture of 
body wall, death

Schistocephalus Asia, Europe, Sticklebacks, other fishes Abdominal cavity Ingestion of intermediate Heavy infections cause 13, 43, 226
solidus, S. thomasi North America host (copepod) abdominal distention, 

compression of viscera, 
obliteration of gonads, 
decreased fertility

Nematodes

Adult

Cystidicola Europe, Trout, other Swim bladder Ingestion of intermediate None known 13, 43, 165
stigmatura, North America salmonids, sticklebacks host (shrimp)
C. farionis

Philonema North America Trout, other salmonids Abdominal cavity Ingestion of intermediate Abdominal adhesions 43, 227
agubernaculum, host (copepod)
P. oncorhynchi

Philometra carassii, Europe, Goldfish, others Caudal fin Ingestion of intermediate Fin lesions 43
P. sanguinea North America host (copepod)

Philometra Europe, Black bass, cyprinids, Abdominal cavity Ingestion of intermediate Abdominal adhesions 13, 43, 228, 
cylindracea, North America others host (copepod) 229
P. abdominalis

Rhabdochona Americas Carp, catfish, chubs, Swimbladder, Ingestion of intermediate None known 43
cascadilla, shiners, black bass, intestine host (mayfly)
R. decaturensis salmonids, sticklebacks,

others

Leeches

Cystobranchus verrilli North America Bluegills, black bass, Skin Direct contact Ingests blood 43
channel catfish, others

Cystobranchus respirans Europe Atlantic salmon, Skin Direct contact Ingests blood 13, 43
other salmonids, others
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TABLE 7.5 (Continued)

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Haementeria North America Carp, black bass, Skin Direct contact Ingests blood 43
montifera, bluegills, others

H. parasitica,
Illinobdella spp. North America Golden shiner, bluegills, Skin Direct contact Ingests blood 43

sunfish, black bass,
catfish, others

Piscicola spp. Europe, Goldfish, carp, trout, Skin Direct contact Ingests blood; causes 43
North America salmonids, weight loss; vector 

sticklebacks, others of Crytobia
Piscicolaria spp. North America Golden shiners, bluegills, Skin Direct contact Ingests blood 43

channel catfish, others

Mollusks

Freshwater clams Worldwide Goldfish, carp, shiners, Larva: gills, skin, fins Direct contact Cysts in gills; heavy infection 43
of unknown species sunfish, trout, others sometimes cause death

Margaritifera Western Trout, other salmonids Larva: gills Direct contact Cysts in gills; heavy infection 43, 230
margaritifera North America sometimes cause death

Pisidium variable North America Rainbow trout, others Adult: mouth Direct contact Attaches to mouth of 43
young fishes; causes irritation

Crustaceans

Achtheres spp. North America Black bass, catfish, Gills Direct contact Damage to gills, impaired 43
salmonids respiration, death

Argulus spp. Worldwide Goldfish, carp, bluegills, Skin Direct contact Irritation of skin, loss of  13,  43, 119, 
trout, sticklebacks, sunfish, blood, sometimes death; 120,  231
eels, salmonids, others possible  vector of pathogens;

Some species zoonotic
Ergasilus spp. North America Catfish, cyprinids, Gills Direct contact Nodules on gills, anorexia, 43, 232

bluegill, sunfish, black loss of weight, debilitation, 
bass, salmonids, others fusion of gill lamellae, impaired

respiration, death
Lepeophtheirus spp. Asia, Europe, Salmonids Perianal skin Direct contact Salmon louse. Cause 43, 235

North America damage to skin
Lernaea spp. Africa, Asia, Goldfish, carp, catfish, Gills, fins, skin Direct contact Extensive damage to gills, 13, 43, 121, 

Europe, shiners, tropical fins, skin; debilitation; 122
North America mouthbreeders, sunfish sometimes death

salmonids, others
Salmincola spp. Asia, Greenland, Salmonids Gills Direct contact Loss of blood, damage to gills, 233, 234

Iceland, debilitation, death
North America
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TABLE 7.6 Parasites of fishes—urogenital system.

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Myxozoa

Chloromyxum spp. North America Killifishes, Kidneys Actinosporeans from None known 43
salmonids, others oligochaetes

Henneguya spp. Europe Sticklebacks Kidneys, ovaries Probably actinosporeans Ovarian cysts 13, 180, 240
from oligochaetes

Hoferellus cyprini Europe Carp Kidneys Actinosporeans from May cause obstruction 13, 43, 241
oligochaetes of renal tubules, ascites

Mitraspora spp. Asia, Carp, sunfish, others Kidneys Probably actinosporeans None known 43, 241, 242
North America from oligochaetes

Myxidium spp. Europe, Eels, minnows, Kidneys. Also ovaries, Actinosporeans from May cause renal tubule 13, 43, 
North America salmonids, others gallbladder, liver, oligochaetes degeneration 140, 243

depending on species
Myxobilatus spp. North America Sunfish, black bass Urinary bladder Probably actinosporeans None known 43

from oligochaetes
Myxobolus spp. Europe, Killifishes Ovaries, testes Actinosporeans Ovarian cysts 13, 43

North America from oligochaetes
Pleistophora ovariae North America Golden shiners Ovaries, liver, kidneys Ingestion of spores Sterility in female 13, 43, 244
Sinuolinea gilsoni Europe eels Urinary bladder Probably actinosporeans None known 13, 236

from oligochaetes
Sphaerospora spp. Europe, Carp, goldfish, minnows, Kidneys, ovaries, Actinosporeans from Swimbladder inflammation 13, 237–239

North America salmonids, swimbladder oligochaetes
sticklebacks, others

Wardia ovinocua North America Sunfish Ovaries Probably actinosporeans None known 43
from oligochaetes

Myxidium North America Brook trout Kidneys Actinosporeans from None known 43
(Zschokkella) oligochaetes
salvelini

Trematodes

Acetodextra amiuri North America Catfish Ovaries Ingestion of metacercaria None known 43, 245
in liver of fish

Phyllodistomum spp. Europe, Catfish, carp, goldfish, Ureters and/or Ingestion of cercaria None known 43, 152, 185
North America sunfish, salmonids, urinary bladder

others
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membrane, and the flagellum, when present, is very short.
Trypanosoma diemyctyli, which has also been identified 
in reptiles and amphibians, is long and slender, measuring
45 to 116 � long by 2 to 5 � wide2,3.

Hosts. All amphibians found in areas where
trypanosomes are endemic are susceptible to infection.
Trypanosoma inopinatum is common in Old World amphib-
ians, T. pipientis in leopard frogs (Rana pipiens), T. ranarum
in multiple species of frogs, and T. diemyctyli in newts4.

Life Cycle. The life cycle of trypanosomes requires an
invertebrate vector3,5. For most aquatic amphibians, the
intermediate host for the trypanosome is probably a leech;
for terrestrial amphibians it is probably a bloodsucking
arthropod. Although anurans are usually thought to be
infected during the tadpole stage by the bite of an infected
leech, there is some evidence that adult frogs can be
infected by the bite of an infected mosquito6 and that
adult toads can been infected by ingesting an infected sand
fly (Phlebotomus sp.)7.

Pathologic Effects. The pathogenicity of the species
affecting frogs and toads varies1. Trypanosoma inopinatum
is one of the most pathogenic species, causing either acute
or chronic infections. In an acute infection, an excessive
and continuous production of juvenile forms of the
parasite is characteristic; in chronic infection, adult forms
predominate. Acute infection can lead to necrotizing
splenitis, which generally leads to the death of the amphib-
ian host. Trypanosoma pipientis and T. ranarum can also
cause splenitis, but death is uncommon. Trypanosoma
diemyctyli can cause debilitation, anorexia, erythrocyte
degeneration, and death. The degree of parasitemia and
resultant pathologic effects are related to the environmen-
tal temperature, with pathogenicity greatest at 15�C and
least at 20�C to 25�C2,8.

Clinical Disease. Most captive amphibians with low-
grade trypanosome infections are asymptomatic, and most
cases are diagnosed as an incidental finding. Animals with

INTRODUCTION

Amphibians continue to serve as important animal models
in science, and are commonly used in many disciplines of
biomedical research and teaching, including toxicology,
physiology, limb regeneration, evolutionary biology, and
reproductive biology, to name just a few. Amphibians are
readily available through vendors in both the United States
and Europe, and may originate through captive breeding
programs or through capture of animals in the wild. While
the former are often free of parasites, the latter may harbor a
wide range of commensal or parasitic organisms. Therefore,
people involved in the care and/or use of amphibians in
biomedical research or teaching should be familiar with the
parasitic fauna of these important animal models.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Hemoflagellates
Trypanosoma spp. Morphology. Trypanosoma pipientis
measures 70 � long by 4 µ wide1 and has a round to
elliptical nucleus located near the center of the body, a
medium-sized kinetoplast, a narrow undulating membrane,
and a long flagellum. Trypanosoma ranarum has two adult
forms, one that measures 74 � long by 5 � wide and
another that measures 71 � long by 8 � wide (Figure 8.1).

In the narrower form, the nucleus is located in the
anterior one-third of the body, while in the wider form it is
located in the middle third of the body. In both forms, the
kinetoplast is large, the undulating membrane wide, and
the flagellum less than one-half the body length.

Trypanosoma chattoni occurs in vertebrates, but only
in a spherical form. It does not have an undulating

Tables are placed at the ends of chapters.



heavy burdens may become lethargic and depressed.
In severe cases, anurans become anemic, with packed cell
volumes of less than 20%.

Diagnosis. Antemortem diagnosis is based on identi-
fication of the parasite in the blood1. A blood sample can
be collected from the ventral abdominal vein, femoral
vein, heart, or lingual plexus to prepare a blood smear.
Wright-Giemsa is the preferred stain when preparing
slides. The living trypanosomes are usually readily recog-
nized by their rapid, wavy motion. Postmortem diagnosis
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can be made from identifying the parasites in affected
tissues, such as the spleen.

Treatment. Quinine sulfate or bisulfate (30 mg/L,
one-hour bath) may be used to treat trypanosomiasis. 
In severe cases, when animals have anemia, chloroquine
(50 mg/kg administered orally once weekly) may be used9.

Prevention. Because of the need for an invertebrate
intermediate host, it is unlikely that the life cycle would be
completed in the laboratory. However, infection may rep-
resent an unwanted research variable. To prevent this,

Fig. 8.1 Common trypanosomes of North American anurans. (A) Trypanosoma pipientis adult. (B) T. ranarum adult, narrow form. (C) T. ranarum
adult, wide form. (D) T. chattoni adult. Reproduced from Diamond, L.S. (1965) with permission.



wild-caught animals should be screened for parasites
before being released into the general colony.

Public Health Considerations. The trypanosomes of
amphibians do not infect humans.

Enteric flagellates
Hexamastix and Monocercomonas. Morphology.
Hexamastix and Monocercomonas are morphologically
similar to Tritrichomonas, except that they lack an
undulating membrane and a costa10,11. Hexamastix
batrachorum (Syn. Polymastix batrachorum) measures 7 �
to 15.5 � long by 5 � to 10.5 � wide (Figure 8.2)12.
Monocercomonas batra chorum (Syn. Eutrichomastix
batrachorum) measures 15 � long by 6 � wide (Figure
8.3)13.

Hosts and Life Cycle. Hexamastix batrachorum is
common in the intestine of salamanders and newts in the
United States and Europe6,14,15,16. Monocercomonas batra-
chorum is also common in laboratory amphibians6,15. It
can be recovered from the large intestine of frogs, toads,
salamanders, and the red-spotted newt from the United
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States, Europe, Asia, and Africa. The prevalence of this
organism has been reported to be as high as 77% in the
red-spotted newt in the eastern United States14. Reproduc-
tion is by simple binary fission, and no cysts are formed.
The transmission of these organisms is direct.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been associated
with Hexamastix or Monocercomonas infections.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is made from a direct saline fecal smear. No treat-
ment has been described. A course of metronidazole can be
given if severe clinical disease in captive animals is attrib-
uted to these organisms. Wild-caught animals should be
screened for parasites before release from quarantine.

Public Health Considerations. Hexamastix and
Monocercomonas do not infect humans.

Hexamita spp. Morphology. Trophozoites of the genus
Hexamita are pyriform and bilaterally symmetrical, with
two nuclei, two axostyles, and six anterior and two poste-
rior flagella3. Trophozoites measure 10 � to 16 � long
(Figure 8.4).

Hosts and Life Cycle. Hexamita batrachorum is the
most common species of Hexamita isolated from labora-
tory amphibians6. It has been recovered from the large
intestine of frogs, toads, salamanders, and newts from the

Fig. 8.2 Hexamastix batrachorum. Reproduced from Honigberg,
B.M. and Christian, H.H. (1954) with permission.

Fig. 8.3 Monocercomonas. Reproduced from Levine, N.D. (1961)
with permission.



United States. The prevalence of H. batrachorum in
dusky salamanders from the eastern United States is
42%14. Hexamita intestinalis occurs in the large intestine
of frogs, toads, salamanders, newts, and the axolotls from
the United States, Europe, and Asia. The prevalence of 
H. intestinalis in marbled salamanders from the eastern
United States has been estimated to be 38%14. Reproduc-
tion is by simple binary fission. Some species form cysts.
The transmission of these organisms is direct.

Pathologic Effects and Clinical Disease. Heavy bur-
dens of Hexamita may cause inflammatory bowel disease,
resulting in diarrhea.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is made from a direct saline fecal smear.
No treatment has been described. A course of metronida-
zole can be given if severe clinical disease in captive animals
is attributed to these organisms. Wild-caught animals
should be screened for Hexamita before release from quar-
antine.

Public Health Considerations. Hexamita does not
infect humans.

Karotomorpha spp. Morphology. Karotomorpha spp.
are elongated, spindle shaped, and measure 12 � to 16 �
long by 2 � to 6 � wide3. There are two pairs of flagella at
the anterior end (Figure 8.5).
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Hosts and Life Cycle. Karotomorpha bufonis is the
most common species isolated from laboratory amphib-
ians6,14 and can be recovered from the rectum of the 
leopard frog, European toad, tiger salamander, palmate
newt, and axolotl from North America and Europe. 
Karotomorpha swezyi occurs in the rectum of the leopard
frog, American toad, dusky salamanders, redspotted
newt, and California newt in the United States. Re-
production is by simple binary fission. Transmission 
is direct.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been described
in amphibians infected with Karotomorpha spp.

Diagnosis, Treatment, and Prevention. Ante-mortem
diagnosis is made from a direct saline fecal smear. No treat-
ment has been described. A course of metronidazole can be
given if severe clinical disease in captive animals is attributed
to these organisms. Wild-caught animals should be screened
for Karotomorpha before release from quarantine.

Public Health Considerations. Karotomorpha does
not infect humans.

Fig. 8.4 Hexamita intestinalis. (Left) Trophozoite. (Right) Cyst.
Reproduced from Cheng, T.C. (1964) with permission.

Fig. 8.5 Karotomorpha bufonis. Reproduced from Hughes, R.C.
(1929) with permission.



Piscinoodinium spp. Morphology, Hosts, and Life
Cycle. The morphology of Piscinoodinium spp., members
of the phylum Dinoflagellata, is presented in Chapter 7,
Parasites of Fishes. Natural hosts include larval amphib-
ians18. The life cycle is direct. The trophont stage attaches
to the skin or gill of the host and feeds via its attachment
device. Eventually the trophont stage detaches from the
host and forms a  cyst with dinospores in the environment. 
When the  cyst ruptures, the dinospores swim (via a flagel-
lum) to an amphibian host, encyst, and develop into
trophonts.

Pathologic Effects and Clinical Disease. Piscinood-
inium can cause localized granuloma formation where the
trophonts encyst. Affected amphibians may have a “velvet-
like” or “gold-dust” appearance to their skin. Animals with
skin lesions may rub their body against hard surfaces in an
attempt to remove the parasites. In severe cases involving
the ventral patch, amphibians may develop osmoregula-
tory problems. Larval amphibians with gill parasitic infes-
tation of the gills may be dyspneic.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on identifying the protozoans
from skin scrapings or gill biopsies. Postmortem diagnosis
is based on identifying the parasites in skin and gill 
biopsies. Providing amphibians with water of high quality
minimizes clinical outbreaks. Regular water changes are
required in cases where high organic loads accumulate.
Affected animals may be placed in distilled water baths 
for two to three hours, or in salt water baths (10 to 25 g/L,
five to 30 minutes)19. Providing good quality water and
adhering to quarantine and hygiene protocols reduces the
likelihood of transmitting these organisms.

Public Health Considerations. Piscinoodinium does
not infect humans.

Proteromonas spp. Morphology. Trophozoites in the
genus Proteromonas are pyriform, but more elongated than
those of other genera. They possess two flagella on the
anterior end, one directed forward and the other trailing
posteriorly (Figure 8.6)3,20,21.

Hosts and Life Cycle. Proteromonas longifila is the
most common species from the genus recovered from
laboratory amphibians6,15 and is found in the rectum
of frogs, toads, salamanders, and newts from North
America, South America, and Europe. This parasite is
considered highly prevalent (89%) in the red-spotted
newt from the eastern United States14. Reproduction is by
simple binary fission. No cysts are formed23. Transmission
is direct.
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Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been described
in amphibians infected with Proteromonas spp.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is made from a direct saline fecal smear.
No treatment has been described. A course of metronida-
zole can be given if severe clinical disease in captive animals
is attributed to these organisms. Wild-caught animals
should be screened for Proteromonas before release from
quarantine.

Public Health Considerations. Proteromonas does
not infect humans.

Tetratrichomonas, Trichomitus, Tritrichomonas. Mor-
phology. The trichomonads belong to the order Tri-
chomonadida. Tetratrichomonas possesses four anterior
flagella, whereas Trichomitus and Tritrichomonas possess
three11. All have an oval to pyriform body, an undulating
membrane, an axostyle that protrudes from the posterior
end, and a costa. Tetratrichomonas prowazeki measures
5.5 � to 22 � long by 3.5 � to 18.5 � wide. Trichomitus
batrachorum measures 6 � to 21 � long by 4 � to 20 �
wide, is ovoid, and has an axostyle without granules and a
V-shaped parabasal body (Figure 8.7). Tritrichomonas
augusta measures 15 � to 27 � long by 5 � to 13 � wide.

Fig. 8.6 Proteromonas sp. Reproduced from Kudo, R.R. (1966) with
permission.



It is elongate and spindle-shaped, and has an axostyle that
contains dark-staining granules and a rod- or sausage-
shaped parabasal body11,22,24.

Hosts. Tetratrichomonas prowazeki occurs in the 
large intestine of frogs, toads, salamanders, newts, and
amphiumas from the United States, Europe, and South
America11,25. Trichomitus batrachorum has been recovered
from the large intestine of many species of frogs, toads,
salamanders, newts, and the axolotl throughout the
world6,11,15,21,22,24. Tritrichomonas augusta is common in
the large intestine of frogs, toads, salamanders, newts, and
lizards from North, Central, and South America; Europe;
and Asia6,15. The prevalence of this parasite can be as high
as 100% in salamanders from the eastern United States14.

Life Cycle. Reproduction is by simple binary fission,
and no cysts are formed. The transmission of these organ-
isms is direct.

Pathologic Effects and Clinical Disease. The tri-
chomonads are rarely associated with pathology or clinical
disease. However, extremely heavy parasite burdens could
alter the intestinal microflora, resulting in diarrhea.
Tritrichomonas augusta has been associated with liver
lesions in the leopard frog6.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by examining direct saline fecal smears. No
treatment regimens have been described. A course of
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metronidazole (10 mg/kg SID, five to ten days) can be given
if severe clinical disease in captive animals is attributed to
these organisms. Wild-caught animals should be screened
for parasites before being released from quarantine.

Public Health Considerations. Trichomonads of
amphibians do not infect humans.

Class Sarcodina (amoebae)

Entamoeba ranarum
Morphology. Trophozoites of Entamoeba ranarum mea-
sure 10 � to 50 � in diameter. Cysts usually contain four
nuclei, but may contain up to 16 nuclei3,23.

Hosts. Entamoeba ranarum is found in the intestine
of the leopard frog, green frog, bullfrog, grass frog, edible
frog, European toad, red-spotted newt, common newt,
and palmate newt from the United States, Europe, India,
and the Philippine islands6,16. It may also be found in the
liver and kidneys. This parasite can affect both adult and
larval amphibians.

Life Cycle. Reproduction is by binary fission26.
Before encysting, the trophozoite becomes round and
small. It produces a cyst wall and the nucleus divides twice,
producing four small nuclei. The quadrinucleate cyst is
passed in the feces, and when it is ingested by a suitable
host, an amoeba with four nuclei emerges. It divides sev-
eral times and produces small uninucleate amebas, each of
which develops into a trophozoite.

Pathologic Effects and Clinical Disease. Histori-
cally, E. ranarum has not been considered pathogenic in
captive amphibians3,26. However, mucosal damage can
occur with heavy infection. Renal infections have also been
reported in Bufo marinus27. Affected amphibians develop
anorexia, weight loss, dehydration, and diarrhea. Frank
hemorrhage may be noted in the feces. When the kidneys
are involved, ascites or anasarca may develop.

Diagnosis. Antemortem diagnosis is based on the
microscopic demonstration of cysts and trophozoites in a
fecal sample28. If erythrocytes and white blood cells are
also observed in the sample, than it is likely that the 
E. ranarum is causing damage to the mucosal surface, and
should be considered pathogenic.

Treatment. Cases of clinical amoebiasis should 
be treated with metronidazole. Recommended dosages
include: 10 mg/kg orally once per day for five to ten days;
50 mg/kg orally once per day for three to five days; and 100
to 150 mg/kg orally once, repeated in two to three weeks.
Care should be taken when using higher doses because these
can cause hepatic encephalopathy. Affected amphibians

Fig. 8.7 Trichomitus batrachorum. Reproduced from Honigberg,
B.M. (1953) with permission.



should be maintained on a moistened paper towel sub-
strate, to be changed daily, to reduce the likelihood of
recontamination. Amphibians that become clinically dehy-
drated should be rehydrated.

Prevention. Infections can be prevented by strict
attention to sanitation and by prophylactic treatment of
new arrivals29.

Public Health Considerations. Entamoeba ranarum
does not infect humans.

Phylum Apicomplexa

Class Coccidia

Cryptosporidium spp.
The morphology of Cryptosporidium spp. is described in
the Chapter 15, Parasites of Rabbits. It is likely that all
amphibians are susceptible to infection with Cryptosporid-
ium. The life cycle is presumed to be direct. Gastritis and
enteritis were identified in a single case of cryptosporidio-
sis in an African clawed frog (Xenopus laevis)30. Affected
amphibians may develop chronic weight loss, muscle atro-
phy, regurgitation, and diarrhea. At this time, there are no
effective treatments for cryptosporidiosis in amphibians.
Several chemotherapeutics have been used to control
infections in reptiles, but they are not curative. The best
method for preventing the introduction of Cryptosporid-
ium spp. into an amphibian colony is to cull positive ani-
mals from quarantine. Once established, it is impossible to
eliminate the infection. Animals should be quarantined for
a minimum of four weeks, and four serial (weekly) nega-
tive fecal examinations should be required before releasing
animals into the general colony. It is uncertain whether the
Cryptosporidium isolated from amphibians is infectious to
humans. Thus, animal workers should practice excellent
personal hygiene when working with animals known or
suspected to harbor Cryptosporidium.

Eimeria spp.
Morphology. Oocysts of Eimeria spp. are spherical to ovoid
and measure 14 � to 19 � long by 14 � to 17 � wide31.

Hosts. Eimeria spp. have been recovered from a num-
ber of different anurans and urodelans6,9,15,31–34. Most
inhabit the intestine, although some may infect the kid-
neys and gall bladder.

Life Cycle. The life cycle is direct, and generally simi-
lar to the life cycles of mammalian Eimeria3,10. Oocysts may
sporulate while still in the intestine of some anurans. When
this occurs, animals within the same captive environment
can be infected immediately upon being exposed to the
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parasite. In other cases, sporulation occurs in the environ-
ment.

Pathologic Effects. Coccidia undergo schizogony
and gametogony in the epithelial cells of the intestine, gall-
bladder, bile duct, and kidneys. The damage associated
with these parasites is generally mild. However, enteritis or
nephritis may be noted histologically. The most severe dis-
ease would be expected to occur in juvenile or immuno-
compromised individuals.

Clinical Disease. Infection with Eimeria sp. is gener-
ally asymptomatic in adult amphibians. Clinical disease is
more likely to occur in juvenile or immunocompromised
animals. Affected animals may develop diarrhea or die
acutely. Dehydration is a common sequella to the diarrhea.

Diagnosis. Antemortem diagnosis is by finding
oocysts in the feces on a direct saline smear or a fecal flota-
tion. For identification of genus, unsporulated oocysts can
be sporulated in a 2.5% potassium dichromate solution.
Sporulation is generally complete within seven days. Post-
mortem diagnosis is made histologically.

Treatment. Treating captive amphibians for coccidial
infections can be difficult. Most available anticoccidials are
only coccidiostats, and thus only temporarily suppress
parasite reproduction. The author has used trimethoprim-
sulfadimethoxine (15 mg/kg orally for 14 to 21 days) with
good results. Other sulfa-based antibiotics may be equally
effective.

Prevention. Eimeria may be excluded from the
colony by culling animals that test positive in quarantine.
Once established, Eimeria is difficult to eliminate. Animals
should be quarantined for a minimum of four weeks, and
four serial (weekly) negative fecal examinations should be
required before introducing an animal into the colony.

Public Health Considerations. Eimeria of amphib-
ians do not infect humans.

Isospora spp.
Oocysts of Isospora are ovoid and measure 18 � to 23 �
long by 11 � to 20 � wide31. The host range, life cycle, and
other aspects of the biology of Isospora in amphibians are
similar to Eimeria6,9,15,31,32. Most inhabit the intestine,
although some may infect the kidneys and gall bladder.

Erythrocytic coccidia
Morphology. Amphibians may become infected with sev-
eral genera of coccidia found in the blood of the host,
including hemogregarines (Hemogregarina, Hepatozoon),
lankesterellids (Lankesterella, Schellackia), and dactylosto-
mids (Babesioma, Dactylosoma). The forms found in the



blood of laboratory amphibians vary with the stage of the
life cycle and the species of the host3,35, and range in size
from 10 � to 17 � long by 2 � to 4 � wide. In the erythro-
cytes, hemogregarine and lankesterellid sporozoites are
generally banana-shaped, whereas the dactylostomids are
round.

Life Cycle. Reproduction for these parasites is both
sexual and asexual. For hemogregarines, merogony occurs
in the tissues and gametogony occurs in the erythrocytes.
An invertebrate, such as a leech or arthropod, serves as the
site for sporogony. Although the invertebrates may infect
amphibians when collecting a blood meal, this is not
always the case. Hepatozoon catesbeiana infects bullfrogs
(Rana catesbeiana) after the frog ingests an infected mos-
quito (Culex territans) containing sporocysts36. In contrast,
the entire life cycle of a lankesterellid occurs within the
amphibian host37. Merogony generally occurs in the tis-
sues (e.g., intestine, walls of the blood vessels) and sporo-
gony in the erythrocytes. Amphibians become infected
with lankesterellids when they ingest a sporozoite-infected
invertebrate or are fed on by leeches. Dactylostomids are
transferred to amphibians by leeches.

Pathologic Effects. Although usually considered
nonpathogenic28,37,38, heavy infections sometimes cause
anemia32. The presence of a coccidian in an erythrocyte
causes extreme distortion of the blood cell, including
nuclear displacement and cytoplasmic attenuation32. The
number of erythrocytes affected varies up to 80% or
more35.

Clinical Disease. Packed cell volumes (PCV) in
amphibians are generally greater than 20%. Infection with
erythrocytic coccidia may result in critically low PCV of
less than 10%. Amphibians with high densities of parasites
and anemia are clinically ill. Affected animals may also be
lethargic, depressed, and have pale mucous membranes.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on detection of anemia and demonstration of the
parasite in Wright-Giemsa-stained blood smears32. Treat-
ment is not recommended unless severe anemia (�10%) is
identified. Because of the potentially fragile nature of these
animals, prognosis in severe cases is grave. Culling poten-
tially infected animals during quarantine should prevent
the need to manage severe cases. These apicomplexans
should not be found in the modern animal facility because
they require an intermediate host to complete their life
cycle. Prescreening animals during quarantine may iden-
tify infected animals. Infected animals should be culled to
eliminate an unwanted research variable.
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Public Health Considerations. Erythrocytic coc-
cidia are not infective for humans.

Phylum Microspora

Morphology. The morphology of the microsporidia varies
with the stage of the life cycle39. Microsporidians measure
5 � to 20�, and are pyriform in shape with a posterior vac-
uole. Schizonts contain up to eight nuclei. Small sporonts
have two to three nuclei but, when mature, may contain
up to 100 nuclei. Genera found in amphibians include
Pleistophora and Alloglugea. Pleistophora myotropica spores
are oval and measure 3.5 � to 6.7 � long by 2 � to 3 �
wide. On one side of the anterior pole of each spore is a
small granule to which is attached a filament. When
extended, this filament is 80 � to 220 � long.

Hosts. Pleistophora myotropica is a parasitic micro-
sporidian that occurs in the skeletal muscle of the European
toad15,39 and has been reported in laboratory toads in Great
Britain39. Alloglugea bufonis is a microsporidian that infects
Bufo marinus tadpoles and toadlets40.

Life Cycle. The life cycles of the microsporidia are
direct. The life cycle of Pleistophora myotropica has been
outlined (Figure 8.839). The sporoplasm is thought to
hatch in the gut and then migrate to the muscles by way of
the vascular system. Eighteen days later, granular bodies
are found in the muscle capillaries. The parasite multiplies
between 18 and 23 days—first by binary fission, then by
multiple fission, and finally by plasmotomy—until multi-
nuclear sporonts are formed. Separation into sporoblasts
precedes spore formation. Spores are released on the death
and decomposition of the host39,41. Infection occurs by
ingestion of a contaminated invertebrate that acts as a
mechanical vector.

Pathologic Effects. Bufonids infected with P. myotrop-
ica may have white streaks in their striated muscles
(Figure 8.9)39. Muscle atrophy may also occur. All stages
of the parasite are seen in sections of muscle. Xenoma for-
mation in the intestine, kidney, liver, and spleen may occur
with A. bufonis infections40.

Clinical Disease. Bufonids infected with P. myotrop-
ica or A. bufonis may be anorectic or emaciated, or may die
suddenly. Atrophy of the muscles surrounding the long
bones may occur with P. myotropica infection.

Diagnosis. Antemortem diagnosis is by identifying
spores in the feces of infected animals. Electron microscopy
is required to characterize the spores to the generic level.
Postmortem diagnosis is based on identification of xenomas



at the time of gross necropsy and spores within the tissues
from histopathology.

Treatment. Microsporidian infections are difficult to
treat. In the laboratory setting, it is probably best to cull
infected animals. While animals are in quarantine, serial
fecal samples should be collected and tested to reduce the
likelihood of introducing these parasites into a colony.
Chloramphenicol and topical oxytetracycline hydrochloric
acid with polymyxin B have been used to suppress spore
formation, but do not eliminate the parasite42.

Prevention. Quarantining recently acquired animals,
performing serial screening fecal samples, and obtaining
animals from reputable breeders or wild populations where
these parasites are not known to be endemic should be
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done to prevent the introduction of these parasites into
captive amphibian colonies.

Public Health Considerations. Amphibian micro-
sporidia do not infect humans.

Phylum Myxozoa

In some areas, amphibians are susceptible to myxosporidi-
ans in the genera Chloromyxum and Myxidium. The spores
of these obligate parasites have polar capsules that are pyri-
form-shaped. The extent to which amphibians are exposed
and infected to these parasites is unknown. While infec-
tions may be locally common in some anurans, in general,
myxosporidial infections are not common in amphibians43.

Fig. 8.8 Pleistophora myotropica, morphology and life cycle in skeletal muscle of a toad. (a) Sporoplasm hatches in the gut, (b) granular bodies form
in muscular capillaries, (c, d) and multiply first by binary fission, (e-g) then by multiple fission, (h, i) and finally by plasmotomy (j-n) until multinu-
clear sporonts are formed. (o) Separation into sporoblasts precedes (p, q) spore formation. Reproduced from Canning, E.U., Elkan, E., and Trigg, P.I.
(1964) with permission.



The life cycles of the myxosporidians are indirect, typically
involving invertebrate intermediate hosts. Infection with
myxosporidians may cause severe, localized pathology in
the intestines, muscles, kidneys, and gonads. Amphibians
with heavy myxosporidian infections are generally anorec-
tic, lethargic, and depressed. In some cases, the animals are
found dead with no other history. Because the spores can be
found in a variety of tissues, more specific clinical signs may
occur based on the organ system involved.

Antemortem diagnosis can be made from squash
preparations of affected tissues, urine, or bile. The spores
have a polar capsule that is pyriform-shaped. Postmortem
diagnosis is based on the presence of the spores in tissues.
There is no known treatment for these parasites. Providing
appropriate husbandry is considered an important method
of reducing their spread. Disinfectants have been used to
control infections in fish facilities. The effectiveness of
these compounds for amphibian myxosporidian spores has
not been tested. Until more is known regarding the life
cycle of these parasites, it is difficult to make specific
recommendations regarding prevention. Quarantining
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animals and observing them for clinical signs consistent
with the disease provide the best opportunities to reduce
the likelihood of introducing these parasites. Myxosporidi-
ans from amphibians are not known to cause clinical dis-
ease in humans.

Phylum Ciliophora

Balantidium spp.

Morphology. The morphology of Balantidium spp. is typ-
ical of the phylum, and is described in Chapter 2, Biology
of the Protozoa. Two stages occur in the life cycle, tropho-
zoite and cyst. Balantidium spp. are oval, ellipsoidal, or
subcylindrical, and possess longitudinally arranged rows of
cilia. A peristome is located at or near the anterior end.
Balantidium entozoon, B. elongatum, and B. duodeni are the
species most likely to be encountered in laboratory
amphibians6,15. Balantidium entozoon and B. elongatum
measure 100 � to 300 � long, while B. duodeni measures
only 70 � to 80 � long (Figure 8.10).

Hosts. Balantidium entozoon has been recovered from
the intestine of the grass frog, edible frog, European toad,
common newt, and crested newt from Europe. Balantidium
elongatum occurs in the intestine of the grass frog, edible frog,
alpine newt, common newt, and crested newt from both
Europe and Asia. Balantidium duodeni occurs in the intestine
of the grass frog and edible frog in Europe and Asia.

Fig. 8.9 Pleistophora myotropica infection in European toad. Spores
packed between muscle fibers appear as white lines. Courtesy of 
E. Elkan, London.

Fig. 8.10 Balantidium duodeni. Reproduced from Kudo, R.R. (1966)
with permission.



Life Cycle. The life cycle is direct. Reproduction is by
conjugation and binary fission.

Pathologic Effects and Clinical Disease. Balantidium
are not considered pathogenic. However, changes in the
microbial flora associated with dietary changes, antibiotics,
and stress could result in increased numbers of ciliates, 
possibly resulting in localized enteritis. Affected animals
may be anorectic and develop diarrhea.

Diagnosis. Antemortem diagnosis is based on identi-
fying the protozoans in a direct saline smear of the feces.
Balantidium should not be confused with the opalinids.

Treatment. In cases where clinical disease is present,
metronidazole (10 to 20 mg/kg orally once per day for
seven to ten days) may be used.

Prevention. Infections may be minimized by strict
adherence to quarantine and hygiene protocols. Minimiz-
ing stress in the captive environment is also important.

Public Health Considerations. Balantidium of
amphibians do not infect humans.

Cepedietta spp.

Morphology. Cepedietta (Syn. Haptophrya) trophozoites
possess an elongated, uniformly ciliated body with an
anterior circular sucker and a long contractile canal3,23,44.
No cyst is formed. Cepedietta michiganensis and C. gigan-
tean are the species most likely to be encountered in labo-
ratory amphibians6,15. Cepedietta michiganensis measures
1.1 mm to 1.6 mm long, while C. gigantean measures 
1.3 to 1.6 mm long.

Hosts and Life Cycle. Cepedietta michiganensis has
been recovered from the intestine of the leopard frog, wood
frog, and American toad, and is also common in the Jefferson
salamander, marbled salamander, dusky salamander, and
axolotl in the United States. Cepedietta gigantean occurs in
the intestine of the frogs and toads in Europe and Africa,
and the slimy salamander (Plethodon glutinosus) in the
United States14. The life cycle is direct. Cepedietta multiplies
by budding, and often occurs as a chain of individuals.

Pathologic Effects and Clinical Disease. Cepedietta
are not considered pathogenic. However, as for Balantid-
ium, changes in the intestinal environment may result in
overwhelming parasite burdens, which could cause local-
ized enteritis. Thus, affected animals may be anorectic and
develop diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Balantidium.

Public Health Considerations. Cepedietta do not
infect humans.
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Nyctotheroides spp.

Morphology. Nyctotheroides (Syn. Nyctotherus) possess a
flattened body, kidney-bean shaped macronucleus, small
micronucleus, compound buccal cilia, long curved
infundibulum, and a posterior contractile vacuole3,23,45.
This protozoan measures 60 � to 190 � in length and 
30 � to 60 � wide (Figure 8.11).

Hosts and Life Cycle. Nyctotheroides cordiformis has
been recovered from the intestine of the leopard 
frog, green frog, bullfrog, grass frog, wood frog, pickerel
frog, edible frog, cricket frog, European treefrog, green
treefrog, spring peeper, chorus frog (Pseudacris), American
toad, European toad, red-spotted newt, and California
newt6,15. The life cycle is direct. Reproduction is by conju-
gation and binary fission. It is uncertain whether cysts are
formed.

Pathologic Effects and Clinical Disease. Nyctother-
oides are not considered pathogenic. However, as for
Balantidium, changes in the intestinal environment may
result in overwhelming parasite burdens, which could
cause localized enteritis. Thus, affected animals may be
anorectic and develop diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Balantidium.

Public Health Considerations. Nyctotheroides do not
infect humans.

Fig. 8.11 Nyctotheroides cordiformis. Reproduced from Wenyon,
C.M. (1926) with permission.



Trichodina spp.

Morphology. Trichodina possesses a bell-shaped body with
a highly developed basal adhesive disc, a skeletal ring with
radially arranged denticles, and an adoral zone of cilia
arranged in a spiral3,46–48. Trophozoites measure 35 � to
60 � in diameter and 25 � to 55 � in height (Figure 8.12).

Hosts. Trichodina urinicola, T. pediculus, and T. fultoni
are the species most likely to be encountered in laboratory
amphibians3,6,15,47,48. Trichodina urinicola occurs in the uri-
nary bladder of the edible frog, toads, and newts in North
America, Europe, and Africa. Trichodina pediculus occurs
on the skin of the edible frog and other frogs in North
America, Europe, and Asia. Trichodina fultoni occurs on the
gills of mudpuppies in the United States.

Life Cycle. The life cycle is direct. Asexual reproduction
is by binary fission and sexual reproduction by conjugation49.

Pathologic Effects. Trichodina are typically nonpatho-
genic. However, poor water quality, in combination with
high densities of amphibians and protozoans, can result in
disease. The pathology associated with this genus of protozoa
in amphibians is similar to that described in fish. Affected
animals may develop dermatitis. Larval amphibians may
develop inflammatory changes at the levels of the gills.

Clinical Disease. Amphibians with dermatitis may rub
their body against a hard surface in an attempt to remove the
parasites. Excessive mucus production gives affected animals
a white-gray appearance, and frequently occurs in response
to the irritation caused by the parasites. Larval amphibians
with parasites in the gills may be dyspneic.
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Diagnosis. Antemortem diagnosis is based on identi-
fying the protozoans from skin scrapings or gill biopsies.
Postmortem diagnosis is based on identifying the parasites
in skin and gill biopsies.

Treatment. Providing amphibians with good quality
water is important for minimizing the risk of clinical disease.
Regular water changes are required in cases in which high
organic loads accumulate. Affected animals may be placed
in distilled water for two to three hours, or in salt baths 
(10 to 25 g/L) for five to 30 minutes19.

Prevention. Disease may be prevented by providing
high quality water and adhering to quarantine and hygiene
protocols.

Public Health Considerations. Trichodinids are not
infectious to humans.

Opalina spp.

Morphology. Opalina spp. are flattened and oval and pos-
sess several nuclei. There is no cell mouth. The species
most likely to be encountered in the laboratory are 
O. obtrigonoidea and O. ranarum. Opalina obtrigonoidea is
the larger species, measuring 400 � to 840 � long by 
175 � to 180 � wide; while O. ranarum measures approxi-
mately 300 � long (Figure  8.13).

Fig. 8.12 Trichodina urinicola. Reproduced from Corliss, J.O. (1959)
with permission.

Fig. 8.13 Opalina. Reproduced from Corliss, J.O. (1959) with 
permission.



Hosts. Opalina obtrigonoidea has been recovered from
the intestine of the leopard frog, wood frog, pickerel frog,
green tree frog, spring peeper, cricket frog, chorus frog,
and American toad from the United States. Opalina
ranarum is also found in the intestine of anurans (grass
frog, edible frog, European tree frog, European toad) and
urodelans (alpine newt), but is only found in Europe.

Life Cycle. The life cycle is direct. The adult stage, or
trophont, is located in the intestine of the amphibian, and
reproduction is by simple binary fission. During the host’s
breeding cycle, some of the trophonts divide without
growth, forming tomonts. These tomonts can encyst and
pass with the feces. Larval amphibians, such as tadpoles,
consume the tomonts. A sexual phase of reproduction can
occur in the tadpole, eventually leading to the develop-
ment of zygocysts. The zygocysts pass in the feces of the
tadpole. If a metamorphosing tadpole consumes the zygo-
cysts the life cycle is completed, and trophonts develop in
the intestine of the adult frog.

Pathologic Effects and Clinical Disease. Neither
pathologic lesions nor clinical signs have been described.
Opalina feeds via pinocytosis, and is not considered to
compete for nutrition with the host.

Diagnosis, Treatment, and Prevention. Diagnosis is
by direct saline fecal smear. Treatment is generally not war-
ranted. Wild-caught animals should be quarantined and
screened for infection before being released into the colony.

Public Health Considerations. Opalina does not
infect humans.

Protoopalina spp.

Morphology. Protoopalina spp. are cylindrical or spindle-
shaped and have two nuclei. There is no cell mouth. The
species most likely to be encountered in the laboratory are
P. intestinalis and P. mitotica. Protoopalina intestinalis mea-
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sures 330 � long by 68 � wide (Figure 8.14), while 
P. mitotica measures 300 � long by 37 � wide.

Hosts and Life Cycle. Protoopalina intestinalis has
been recovered from the intestine of the grass frog, edible
frog, European treefrog, toads, common newt, and palmate
newt from Europe, Africa, and Australia. Protoopalina
mitotica has a narrower host distribution, and has been iso-
lated from the intestine of the tiger salamander from the
central United States. The life cycle is direct, and is similar to
that of Opalina.

Pathologic Effects and Clinical Disease. Neither
pathologic effects nor clinical disease have been reported in
amphibians infected with Protoopalina spp.

Diagnosis, Treatment, and Prevention. These
aspects are as described for Opalina.

Public Health Considerations. Protoopalina does
not infect humans.

TREMATODES

Order Monogenea

Gyrodactylus spp.

Morphology. Adult Gyrodactylus elegans measures 500 �
to 800 � long51,52. The anterior tip is bilobed. Gyrodactylus
does not have eye spots, and an anterior sucker may or may
not be present9,53,54. The posterior attachment organ, or
haptor, often has two central hooks and is surrounded by
16 small hooklets (Figure 8.15).

Hosts. Gyrodactylus spp. is an important monogenetic
trematode pathogen of fishes, but is also commonly found
on the skin of adult aquatic amphibians and the gills of 
larval amphibians9,51,56. Gyrodactylus are generally host-
specific, although G. elegans and G. ensatus may share
hosts54. Some species of Gyrodactylus that are primary

Fig. 8.14 Protoopalina intestinalis. Reproduced from Wenyon, C.M. (1926) with permission.



parasites of fishes may use amphibian larvae as paratenic
hosts9. The incidence of Gyrodactylus in adult and larval
captive anurans and urodelans is unknown, but may be
high among wild populations or captive animals main-
tained at high density with poor water quality.

Life Cycle. The life cycle is direct. Adult Gyrodactylus
are viviparous. Larvae develop within the uterus of the
adult, and may themselves have larvae developing within
them (serial polyembryony). Thus, large numbers of para-
sites may develop within the host. Larvae released into the
environment swim until they locate a new host, where they
attach to the skin or gills, and develop into adults51.
Gyrodactylus is an obligate parasite and cannot survive
more than 20 minutes unattached51.

Pathologic Effects. Gyrodactylid flukes attach to the
gills, fins, and skin of larval anurans and urodelans, and to
the skin of adult anurans and urodelans. Heavy infesta-
tions on the gills can cause severe inflammation, reducing
the surface area for respiratory exchange. In severe cases,
larval tadpoles and urodelans may succumb to asphyxia-
tion. Damage caused along the integument can lead to a
failure of the innate immune system and allow opportunistic
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bacterial and fungal pathogens to invade. Gyrodactylid
flukes ingest blood from the superficial capillaries and
epithelium lining the gills and skin51,57.

Clinical Disease. Tadpoles and larval urodelans
infested with gyrodactylids may be found gasping for air at
the water surface because of an inability to transfer oxygen
and excrete carbon dioxide at the gills. Because the gills of
larval urodelans can be observed directly, they may appear
swollen and covered with mucous. Increased mucous is
often observed on the integument of amphibians with
gyrodactylid infestations of the skin. Affected animals
appear pruritic and may rub on hard surfaces within an
enclosure in an attempt to dislodge the parasites.

Diagnosis. Gyrodactylid infestations can be diag-
nosed cytologically. A gill clip/biopsy can be collected
from larval urodelans antemortem. A fine pair of iris scis-
sors should be used to clip a sample of the gill. Internal gill
samples from tadpoles are generally collected at post-
mortem. A glass slide can be used to perform a skin scrape
in amphibians when a skin infestation is suspected. The
glass slide should be placed cranial to the lesion and drawn
caudally. Once collected, the samples should be placed on
a glass slide with a drop of water from the enclosure from
which the patient was removed. A coverslip is applied and
the specimen examined under light microscopy.

Treatment. Because gyrodactylid trematodes are vivip-
arous, both larval and adult forms of the parasite can be
eliminated with water bath treatments. In addition,
because this parasite can generally only survive off hosts for
a short period of time, treatment may include water baths
for the animals outside of the primary enclosure, with
replacement into a new enclosure. Praziquantel is the treat-
ment of choice. Bathing amphibians in a 10 mg/L water
bath for three hours has been found to be effective9. Addi-
tional treatments can be given if a single treatment does not
eliminate the parasites. Because these parasites commonly
infest fishes, treatments used to eliminate them from fishes
can also be considered for amphibians. Formalin baths are
routinely used to eliminate these parasites from fishes (200
to 250 ppm for one hour), and have also been used by some
to eliminate them from amphibians (formalin: 1.5 ml/L,
10 minutes, repeat weekly for three treatments)9.

Prevention. To prevent the introduction of gyro-
dactylids into a laboratory colony, animals should only be
accepted from approved, licensed breeders. New arrivals
should be quarantined and skin scrapes evaluated to deter-
mine carrier status. Water samples can also be collected,
centrifuged, the supernatant poured off, and the sediment
evaluated for the presence of free-swimming gyrodactylids.

Fig. 8.15 Gyrodactylus elegans adult. Reproduced from Hoffman,
G.L. (1967) with permission.



Public Health Considerations. Gyrodactylids do
not affect humans.

Polystoma spp.

Morphology. Adult polystome trematodes vary in size and
morphology, depending on whether they are located in the
bladder or on the gills58. Those found in the bladder 
measure 250 to 450 � long and 90 to 150 � wide, while
those found on the gills measure 160 � to 500 � long and
30 � to 80 � wide. The bladder form has a cordiform 
caudal disc with six cup-shaped, muscular suckers and two
large hooks. The gill form has a caudal disc with six pedun-
culated suckers and only rudimentary hooks, if any 
(Figure 8.16). The larva is just slightly smaller than the
adult is partly covered with cilia, and has four eye spots
and a posterior sucker with 16 hooks. The eye spots are
used to identify new hosts, and the cilia are used to assist
the fluke in swimming to the tadpole. Eggs produced by
both species of polystomes are ovoid and measure approxi-
mately 30 � to 150 � long.
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Hosts. Polystome trematodes are the most common
monogenetic trematodes of amphibians15,59, and are
primarily associated with anurans and less commonly with
urodelans. Polystomes generally invade the gills of larval
amphibians and the urinary bladders of adult amphibians.
Polystoma nearcticum is found in North America and
affects treefrogs58. Polystoma integerrimum is found in
Europe, Asia, and Africa, and affects frogs, treefrogs, and
toads6,16,60. The incidence of infections in anurans is gen-
erally considered low. In one survey of grassfrogs in Great
Britain, 12.5% were found to be infected61. Young male
frogs are most susceptible, and the rate of infection is 
highest in the autumn.

Life Cycle. Adult flukes are located in the urinary
bladder. Egg laying coincides with the spawning period of
the host to maximize the likelihood of providing a ready
source of tadpole hosts for newly emerged larvae
(oncomiracidium)51,58. The incubation period for the eggs
is approximately two weeks. Egg development can be
altered by exposure to both light and temperature62. Eggs
exposed to alternating light and darkness only hatched in
the light. This appears to be related to the need for the
oncomiracidium to use their eyespots to identify potential
hosts. Eggs hatched at 10�C required a longer incubation
time (approximately one month) compared to those eggs
hatched at 18�C. Once hatched, the free-swimming
oncomiracidium attach to the gills of a tadpole. After a
three-week maturation period, the flukes on the gills begin
to lay eggs. The larvae produced from the gill stage infect
the urinary bladder. It is not known how the larvae enter
the bladder, but it is thought that they are ingested and
passed through the gastrointestinal tract where they enter
the bladder through the urodeum, or directly enter the
vent and migrate through the urodeum to the bladder.
Once in the bladder, the flukes remain with the host
through metamorphosis and mature at the same time as
the host. Thus, there is an alternation of generations, one
requiring three weeks, one requiring three years.

Pathologic Effects and Clinical Disease. Polystoma
feed on blood from the gills and urinary bladder51. How-
ever, they do not appear to cause significant disease.

Diagnosis. Polystomes, like gyrodactylids, can be
diagnosed cytologically. Diagnosis is generally made at
postmortem from a gill biopsy of a tadpole or from a biopsy
of the urinary bladder from a tadpole or adult anuran.

Treatment. Although there are no reports of amphib-
ians being treated for Polystoma infection, formalin 
(1.5 ml/L, ten minutes, repeat weekly for three treatments)

Fig. 8.16 Polystoma nearticum. (Left) Adult from bladder. (Right)
Adult from gills. Reproduced from Paul, A.A. (1938) with permission.



or praziquantel water baths (10 mg/L, three hours) would
likely be effective9.

Prevention. The best method to prevent the intro-
duction of these parasites into a laboratory colony of
amphibians is to only accept animals from approved,
licensed breeders. New arrivals should be quarantined.
Water samples can also be collected, centrifuged, the
supernatant poured off, and the sediment evaluated for the
presence of free-swimming oncomiracidium.

Public Health Considerations. Humans are not sus-
ceptible to infection with polystomes.

Sphyranura spp.

Morphology. Adult Sphyranura measure 2.5 mm to 3 mm
long14,63. The haptor is comprised of two large muscular
suckers, two large hooks, seven small hooks on each side,
and one hook in each sucker. Five to 23 testes are usually
arranged linearly between the intestinal branches. The
ovary is ovoid and is located just anterior to the center of
the body (Figure 8.17).

Hosts. Sphyranura oligorchis, S. polyorchis, and
S. osleri are common on the gills of the mudpuppy in
North America6,14,15. Although there are no specific
reports of these parasites in the laboratory, they are proba-
bly common on mudpuppies obtained from the wild.
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Life Cycle. Adult Sphyranura parasitize the gills of
their host. The flukes are oviparous. After the eggs are laid,
they settle in the substrate and hatch after 28 to 32 days63.
The larvae have two different modes of locomotion: creep-
ing or using their caudal disc to swim. Larvae must find a
host within a few hours of hatching to survive. The larva,
like the adult flukes, parasitize the gills. Once the larvae 
are attached to the gill, they require approximately two
months for development to adults.

Pathologic Effects. Sphyranura ingest blood from the
branchial circulation63. Heavy parasite burdens damage
the gill filaments. In severe cases, excessive mucus produc-
tion and mechanical damage lead to dyspnea and asphyxi-
ation.

Clinical Disease. The clinical presentation for mud-
puppies infested with Sphyranura spp. depends on parasite
burden. Animals with low parasite burdens may be asymp-
tomatic, while animals with heavy burdens develop 
respiratory distress. In severe cases, affected animals gasp at
the surface of the water.

Diagnosis, Treatment, and Prevention. Diagnosis is
by cytologic identification of parasites on gill biopsy. To
date, no treatment methods have been described. Because
praziquantel baths (10 mg/L for three hours) have been
found to be effective against other monogenean flukes, this
treatment may also be effective against Sphyranura9. No
control methods have been described. The best method to
prevent the introduction of these parasites into a labora-
tory colony of mudpuppies is to only accept animals from
approved, licensed breeders. New arrivals should be quar-
antined. Gill biopsies can be performed to screen animals,
although the sensitivity of this procedure may not be high
with low parasite burdens. Water samples can also be col-
lected, centrifuged, the supernatant poured off, and the
sediment evaluated for the presence of the flukes.

Public Health Considerations. Sphyranura does not
affect humans.

Order Digenea

Adult Trematodes

Brachycoelium salamandrae
Morphology. Adult Brachycoelium salamandrae measure 
3 mm to 5 mm in length. Adults have short intestinal cecae
that end at the level of the ventral sucker (Figure 8.18)52,64.
The testes are rounded and symmetrical, while the ovary is
anterior to the left testis. The uterus has long, folded,
descending and ascending limbs and fills the posterior part

Fig. 8.17 Sphyranura adult. OV, ovary; TES, testes; UT, uterus.
Reproduced from Cheng, T.C. (1964) with permission.



of the body. The genital pore is anterior to the ventral
sucker. Vitellaria are confined to the anterior region. The
eggs are light brown and measure 45 � to 50 � by 32 � to
36 � long.

Hosts. Brachycoelium salamandrae has a cosmopolitan
distribution, and is one of the most common intestinal
trematodes of amphibians14,15,65,66. Infections have also
been reported in reptiles. Brachycoelium salamandrae has
been isolated from wood frogs, pickerel frogs, cricket frogs,
chorus frogs, green treefrogs, spring peepers, toads, mole
salamanders, dusky salamanders, woodland salamanders
(Plethodon spp.), red-spotted newts, and amphiumas from
North America, and from grass frogs, European toads,
European salamanders, and newts from Europe6,16,66.
Terrestrial salamanders are more commonly infected than
aquatic salamanders or frogs14. The prevalence of this
parasite in amphibians from the eastern United States is
variable and has been found to range from 11% to
100%14,66,67,68.

Life Cycle. The life cycle requires a mollusk interme-
diate host6,17. The cercariae and metacercariae develop in
the snail. The amphibian host becomes infected after
ingesting an infected snail.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of B. salamandrae. Infected
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amphibians are asymptomatic. Animals with heavy bur-
dens may become obstructed or develop diarrhea.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs on a fecal flota-
tion. Postmortem diagnosis is by demonstrating flukes
in the intestines at necropsy. Although no treatment has
been described, praziquantel (8 to 14 mg/kg orally every 
14 days for three treatments) may be used. Because of the
need for a mollusk intermediate host, it is unlikely that the
life cycle would be completed in the laboratory.

Public Health Considerations. Brachycoelium sala-
mandrae does not infect humans.

Diplodiscus spp.
Morphology. Adult trematodes measure 6 mm in length
and 2.2 mm in thickness15,17,63. These flukes are conical
rather than flat. All species have a well-developed oral
sucker (which has a pair of posterior diverticula) and a
large, terminal posterior sucker. Mature forms have only
one testis64.

Hosts. Diplodiscus spp. have been isolated from the
large intestine of amphibians6,66. Diplodiscus subclavatus
(Syn. Opisthodiscus subclavatus) is common in Europe,
Africa, Asia, Australia, and New Zealand, and has been
isolated from the large intestine of grass frogs, edible frogs,
treefrogs, European toads, clawed toads, European sala-
manders, and newts6,66. Diplodiscus japonicus infects the
large intestine and cloaca of frogs from Asia, and is the
most common trematode of amphibians from Japan6,15,66.
Diplodiscus unguiculatus infects the rectum of newts while
D. diplodiscoides is found in the large intestine of edible
frogs in Europe6,66.

Life Cycle. The life cycle is indirect, and involves a
snail intermediate host. In addition, the amphibian itself
or another amphibian may serve as a second intermediate
host6,17,63,66,69. Adult amphibians pass embryonated eggs
in the feces. After hatching, larval flukes enter a snail and
develop into cercariae. This stage of the life cycle requires
approximately 90 days. Cercariae escape from the snail and
encyst as metacercariae in the skin of larval or adult
amphibians. Adult amphibians generally become infected
from ingesting their sloughed epithelium. Larval amphib-
ians, and possibly adults, can also become infected by
ingesting cercariae. In these cases, cercariae encyst in the
mouth, pass to the intestine, excyst, and remain there
through metamorphosis. The prepatent period for those
animals that ingest cercariae is approximately two to three
months. Adult trematodes survive for about a year.

Fig. 8.18 Brachycoelium salamandrae adult. Reproduced from Dawes, B.
(1946) with permission.



Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of Diplodiscus spp. How-
ever, heavy burdens may cause localized inflammatory
responses. Affected amphibians are asymptomatic.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs on a fecal flotation
or urine sample. Postmortem diagnosis is by demonstrat-
ing flukes at necropsy. Treatment recommendations are as
described for Brachycoelium salamandrae. Because of the
need for an intermediate host, the completion of the life
cycle in the laboratory is unlikely.

Public Health Considerations. Diplodiscus spp. do
not infect humans.

Dolichosaccus rastellus
Morphology. Adult Dolichosaccus are oval, wide, and mea-
sure 2 mm to 4 mm long and 0.8 mm to 1.2 mm wide52.
The testes are at the posterior end of the body and the
uterus anterior to them; the vitellaria extend beyond to
level of the testes64,66.

Hosts. Dolichosaccus rastellus (Syn. Lecithopyge rastel-
lum) is a common intestinal trematode of European
amphibians15 including edible frogs, grass frogs, European
toads, European salamanders, and several species of newts.
It is the predominant species in Great Britain, where an
8% incidence has been observed in grass frogs obtained
from their natural habitat61.

Life Cycle. The life cycle requires two intermediate
hosts15. A gastropod serves as the first intermediate host,
while an insect or possibly a tadpole serves as the second
intermediate host. The final host becomes infected by
ingesting the insect or tadpole.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of D. rastellus. Amphibians
infected with D. rastellus are generally asymptomatic. Heavy
burdens could result in intestinal obstruction or diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating parasites in the intestine at necropsy.
Although no treatment has been described, praziquantel 
(8 to 14 mg/kg orally every 14 days for three treatments)
may be used. Because of the need for a mollusk and an
insect as intermediate hosts, it is unlikely that the life cycle
of these trematodes would be completed in captivity.

Public Health Considerations. Dolichosaccus spp. do
not infect humans.

Glypthelmins spp.
Morphology. Adult Glypthelmins pennsylvaniensis measure
1.8 mm long by 0.6 mm wide70. The ovary is posterior to
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the acetabulum, and the testes are arranged obliquely in
the posterior half of the body. Glypthelmins quieta is similar
in size and morphology, but the ovary is anterior to the
acetabulum, and the testes are more anterior and are situ-
ated side by side (Figure 8.19).

Hosts. Glypthelmins pennsylvaniensis occurs in the
intestine of spring peepers, bullfrogs, and chorus frogs
(Pseudacris) in the United States; G. quieta occurs in the
intestine of leopard frogs, green frogs, pickerel frogs,
bullfrogs, chorus frogs, spring peepers, and toads in the
United States, Mexico, South America, and Asia6,66,68,71.
The prevalence of infection with G. pennsylvaniensis varies
with species and range, with a 10% to 15% prevalence of
infection in chorus frogs from the western United
States, 30% prevalence in bullfrogs, and 18% prevalence
in spring peepers from the northeastern United States.

Life Cycle. The life cycle is similar for both species
and involves a snail intermediate host70,72. Free-swimming
cercariae escape from the snail, penetrate the skin of the

Fig. 8.19 (Left) Glypthelmins pennsylvaniensis adult. (Right) G. quieta
adult. (Left) reproduced from Cheng, T.C. (1961) with permission.
(Right) reproduced from Skrjabin, K.I. (1964) with permission.



definitive host (anuran), encyst, and form metacercariae.
The metacercariae are sloughed during ecdysis, the shed
skin is ingested by the anuran, and the flukes complete the
life cycle and become adults in the intestine.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of these flukes. Affected
anurans are generally asymptomatic. Animals with heavy
burdens could develop diarrhea.

Diagnosis, Treatment, and Prevention. Fecal flota-
tion or direct saline smear can be used to demonstrate
fluke eggs in the feces of infected anurans. Postmortem
diagnosis is by demonstration of the parasites in the skin or
intestine at necropsy. Treatment options are as described
for Dolichosaccus rastellus. Because of the need for a snail
intermediate host, it is unlikely that the life cycle would be
completed in the laboratory.

Public Health Considerations. Glypthelmins spp. do
not infect humans.

Gorgodera spp.
Morphology. Gorgodera amplicava is typical of the genus.
Adults measure about 4 mm in length. There is both an oral
sucker and a large ventral sucker73. A pharynx is lacking,
the esophagus is short, and the cecae are simple and termi-
nate at the posterior end. Testes are numerous, round or
irregular in shape, and arranged in two rows or one zigzag
row. The genital pore is median or slightly submedian. The
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ovary is submedian, and the vitellaria are compact or lobed
and paired (Figure 8.20). Eggs are non-operculated and
embryonated when passed.

Hosts. Gorgodera spp. have a cosmopolitan distribu-
tion, and are found in the excretory systems of amphib-
ians6,73,74. Gorgodera amplicava is commonly found (35%)
in the bullfrog in the southern United States75. Infections
are also common in urodelans.

Life Cycle. The life cycle is indirect74. Eggs passed
by adults hatch upon reaching water. They are drawn into
the mantel of a clam, enter through the gills, and develop
into cercariae. Cercariae are ingested by frog tadpoles,
salamander larvae, snails, or crayfish, and develop into
metacercariae within 24 hours. In tadpoles, Gorgodera spp.
generally encyst in the intestine9. The final host, an adult
amphibian, becomes infected by ingesting the second
intermediate host. After excysting in the stomach or
intestine, larval flukes migrate down the alimentary tract
into the cloaca, where they enter the urodeum and
eventually the reproductive and excretory ducts. They
remain in the ducts for approximately two weeks and
then migrate to the urinary bladder and/or the kidneys,
where they mature to adults in three weeks to two
months.

Pathologic Effects and Clinical Disease. Generally,
problems only arise with heavy trematode burdens74.
Migrating larvae may cause tissue damage. Heavy renal
fluke burdens result in renal tubule and duct occlusion and
renal impairment. Most amphibians with low parasite bur-
dens are asymptomatic. However, anorexia, listlessness,
and death are common clinical findings in amphibians
with heavy infections.

Diagnosis, Treatment, and Prevention. Diagnosis
is by demonstration of flukes in the kidneys or urinary
bladder at necropsy. Antemortem diagnosis can be made
from a fecal examination or cloacal wash. While treatment
may result in death in the flukes, the deteriorating para-
sites may cause vascular obstruction, leading to tissue
necrosis. Anti-inflammatory drugs may be used to mini-
mize harmful reactions to dying parasites. Some have
suggested that digenetic flukes may be managed with
praziquantel (8 to 14 mg/kg orally every 14 days for three
treatments)9. However, this dosing regimen is empirical.
Because of the need for a mollusk intermediate host, it is
unlikely that the life cycle could be completed in the
laboratory.

Public Health Considerations. Gorgodera spp. do
not infect humans.

Fig. 8.20 Gorgodera amplicava adult. Reproduced from Goodchild,
C.G. (1948) with permission.



Gorgoderina spp.
Flukes in the genus Gorgoderina are morphologically,
biologically, and pathologically similar to Gorgodera66.
Gorgoderina vitelliloba has been reported in 11.8% of grass
frogs from Great Britain61, while G. bilobata has been 
isolated from up to 16.5% of dusky salamanders and 7.3%
of red-spotted newts in the southeastern United States14.
Gorgoderina sp. encysts in the heart and liver of tadpoles9.
Diagnosis, treatment, and prevention are as described for
Gorgodera. These flukes do not affect humans.

Haematoloechus spp.
Morphology. Adult Haematoloechus spp. have a flattened
body with a densely spined cuticle. Adult flukes measure
8 mm long by 1.2 mm wide57,63,64. The testes are oval and
situated in the posterior one-third of the body. The ovary is
elongate, smaller than the testes, and located in the middle
third of the body. The genital pore is near the cecal bifurca-
tion. Vitellaria are arranged in rosette-like configurations
or clusters (Figure 8.21).

Hosts and Life Cycle. More than 40 species of
Haematoloechus have been isolated from the lungs of anu-
rans throughout the world6,57,66. The life cycle is indirect,
and involves both snail and insect intermediate hosts6,63.
Embryonated eggs deposited by the adult in the lung cavity
pass up the respiratory tract to the mouth in the sputum,
are swallowed, and are voided in the feces. The eggs do not
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hatch until they are ingested by a snail. Cercariae develop in
the snail, are released, and are ingested by an insect. The
frog or toad becomes infected by ingesting the insect.

Pathologic Effects and Clinical Disease. Little is
known of pathologic effects induced by Haematoloechus spp.
Heavy burdens may cause severe anemia15, and are known to
occur in anurans, with as many as 75 flukes being observed
in a single frog63. Affected animals may become lethargic and
weak due to anemia, and may die suddenly. Post-treatment
mortality may be caused by pulmonary emboli.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis can be made from identifying eggs on a
fecal flotation. Postmortem diagnosis is based on demon-
stration and identification of the flukes in the lungs at
necropsy. Treatment recommendations are as described for
Brachycoelium salamandrae. Because of the need for two
intermediate hosts, it is unlikely that the life cycle would
be completed in the laboratory.

Public Health Considerations. Haematoloechus spp.
does not infect humans.

Halipegus spp.
Morphology. Adult Halipegus measure 6 mm to 6.5 mm
long and 1.8 mm wide57,64. The adult flukes are conical

Fig. 8.21 Haematoloechus adult. Reproduced from Cheng, T.C.
(1964) with permission.

Fig. 8.22 Halipegus adult. Reproduced from Skrjabin, K.I. (1964)
with permission.



rather than flat. The ventral sucker is near the middle of
the body. The testes are in the posterior one-third of the
body, and the ovaries are posterior to the testes. Two com-
pact vitellaria are present and they are posterior to the
ovary (Figure 8.22).

Hosts. Halipegus spp. inhabit the mouth, ear canals,
pharynx, stomach, or intestine of frogs, toads, and 
occasionally reptiles6,66. Halipegus eccentricus, H. occidualis,
and H. amherstensis occur in North America. Halipegus
eccentricus is found in the ear canals of leopard frogs, green
frogs, and bullfrogs; H. occidualis is found in the mouth, ear
canals, and pharynx of leopard frogs, green frogs, and bull-
frogs; and H. amherstensis is found in the mouth and ear
canals of green frogs and bullfrogs. Halipegus ovocaudatus
has been isolated from the mouth of edible frogs, grass
frogs, and toads from Europe and southern Africa.

Life Cycle. The life cycle involves two intermediate
hosts, a snail and a copepod or insect63,68. Eggs deposited
by the adult trematode pass through the alimentary tract
and are voided with the feces. The eggs are ingested by a
snail, hatch, and then develop into cercariae. The cercariae
are then ingested by a copepod or by an insect, and the
amphibian becomes infected after ingesting the second
intermediate host.

Pathologic Effects and Clinical Disease. Nothing
is known of the pathologic effects of these trematodes;
however, heavy burdens may cause local inflammation.
Affected amphibians are generally asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Brachy-
coelium salamandrae.

Public Health Considerations. Halipegus spp. do
not infect humans.

Haplometra cylindracea
Morphology. The adult Haplometra cylindracea is elongate,
cylindrical, and approximately 10 mm in length, although
larger specimens of up to 20 mm have been described52,66.
The ventral sucker is smaller than the oral sucker and poste-
rior to it. The intestine bifurcates anterior to the ventral
sucker. The testes are spherical, one behind the other, and
located in the caudal third of the parasite; the ovary is ante-
rior to the testes. The genital pore is located on the median
and near the ventral sucker (Figure 8.23). Eggs are dark
brown and measure 220 � long by 40 � wide.

Hosts. Haplometra cylindracea is a pulmonary trematode
that has been isolated from edible frogs, grass frogs, treefrogs,
and European toads52,66. In one study, H. cylindracea
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was found in 54% of grass frogs from Great Britain61.
Parasite burdens vary widely, and range from five to 60
worms.

Life Cycle. The life cycle requires two intermediate
hosts, a snail and a water beetle6. Adult anurans become
infected with this parasite after consuming infected water
beetles.

Pathologic Effects and Clinical Disease. Adult
flukes attach to the pulmonary epithelium, where they
ingest blood76. Affected anurans are generally asympto-
matic. Although uncommon, heavy infestations could
result in anemia.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identifying eggs in the sputum or
feces of affected anurans. Postmortem diagnosis is made at
necropsy by identifying the adult parasites in the lungs.
Treatment attempts are as described for Brachycoelium
salamandrae. Premedicating affected animals with an anti-
inflammatory drug may diminish the risk of pulmonary
emboli. Because of the need for two intermediate hosts,

Fig. 8.23 Haplometra cylindracea adult. Reproduced from Skrjabin,
K.I. (1964) with permission.



one of which is a water beetle, it is unlikely that the life
cycle would be completed in the laboratory.

Public Health Considerations. Haplometra cylin-
dracea does not infect humans.

Megalodiscus spp.
Megalodiscus spp. are morphologically similar to Diplodiscus,
except that adult flukes have two testes (Figure 8.24)64.
Megalodiscus temperatus is common in the Americas, and has
been isolated from the large intestine of leopard frogs, green
frogs, bullfrogs, green tree frogs, spring peepers, chorus frogs
(Pseudacris), common toads, mole salamanders, dusky sala-
manders, water newts, and amphiumas65,66. The prevalence
of M. temperatus in red-spotted newts in the eastern United
States is 16% to 48%14,65,68. Megalodiscus americanus has
been isolated from the intestine of leopard frogs, mole
salamanders, dusky salamanders, California newts, and
amphiuma from North America and Central America.
Megalodiscus intermedius occurs in the rectum of bullfrogs
and dusky salamanders; M. microphagus in the large intes-
tine and urinary bladder of frogs, toads, and salamanders;
and M. rankini in the intestine of red-spotted newts in the
United States66,69. The life cycle and other aspects of the
biology of Megalodiscus are similar to Diplodiscus.

Opisthioglyphe ranae
The genus Opisthioglyphe is morphologically, biologically,
and pathologically similar to Dolichosaccus (Figure
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8.25)52,64,66. Opisthioglyphe ranae (Syn. Opisthioglyphe
endoloba, Lecithopyge ranae) is a common intestinal trema-
tode of European amphibians15, occurring in edible frogs,
grass frogs, treefrogs, European toads, clawed toads, Euro-
pean salamanders, and crested newts, and is the predominant
species in continental Europe15,66. Diagnosis, treatment, and
prevention are as described for Brachycoelium salamandrae.
Opisthioglyphe spp. do not infect humans.

Pleurogenes spp.
Morphology. Adult Pleurogenes claviger are cylindrical and
approximately 3 mm long, while adult P. medians are oval
and approximately 1 mm long15. Vitellaria are restricted to
the anterior half of the body, and the genital pore is ante-
rior to the ventral sucker64. The intestinal ceca are long,
extending beyond the ventral sucker, and the testes are
posterior to the intestine (Figure 8.26).

Hosts. Pleurogenes claviger and P. medians occur in the
small intestines of grass frogs, edible frogs, treefrogs, Euro-
pean toads, common newts, and crested newts from
Europe (Walton 1964). Pleurogenes medians has also been
reported in anurans and urodelans from Africa6.

Life Cycle. The life cycle of Pleurogenes spp. involves
two intermediate hosts, a snail and an arthropod. The cer-
cariae develop in the snail, while the metacercariae develop

Fig. 8.24 (Left) Megalodiscus adult. (Right) Diplodiscus adult. Repro-
duced from Skrjabin, K.I. (1964) with permission.

Fig. 8.25 Opisthioglyphe ranae adult. Reproduced from Dawes, B.
(1946) with permission.



in the arthropod6,15. Adult anurans become infected after
ingesting an infected arthropod.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of these trematodes; how-
ever, heavy burdens may cause a localized inflammatory
response. Affected amphibians are asymptomatic. Animals
with heavy burdens may become obstructed or develop
diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Brachy-
coelium salamandrae. Pleurogenes spp. do not infect humans.

Prosotocus confuses
Prosotocus confuses is morphologically similar to Pleurogenes
medians, except that the intestinal ceca are short and the
testes are located anterior to the intestine (Figure 8.26).
Prosotocus confuses has been reported in grass frogs, edible
frogs, and European toads from both Europe and south-
western Asia6. Other aspects of the biology of P. confuses are
similar to Pleurogenes spp.

Larval Trematodes

Diplostomulum scheuringi
Morphology. Larval Diplostomulum scheuringi are unen-
cysted and measure approximately 1 mm long and 0.2 mm
wide77. The hindbody and lateral suckers are poorly differen-
tiated. Numerous, small calcareous corpuscles are irregularly
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scattered throughout the parenchyma. Large, longitudinal
muscle fibers give the body a striated appearance (Figure
8.27). The cercarial stage that occurs in the mollusk is typi-
cally strigeid78. An encysted form, the third intermediate
stage, has been experimentally produced in rodents78, but the
adult and the egg are unknown6.

Hosts. Amphibians serve as second intermediate
hosts for larval diplostomulid flukes. Diplostomulum
scheuringi occurs in the brain and eyes of red-spotted newts
and greater sirens (Siren lacertian) in the United States6,78.
Infections are common (12% to 100%) in the red-spotted
newt and are likely to be encountered in laboratory speci-
mens obtained from their natural habitat78,79.

Life Cycle. The life cycle of D. scheuringi is not com-
pletely known78. The first larval stage, the cercariae, devel-
ops in a snail. The cercariae are shed by the snail and
penetrate either the cornea of an adult newt or the cornea
or skin of a larval newt. Cercariae that penetrate the skin of
a larval newt usually migrate to the brain. It is also possible
that those that enter the eye migrate through the optic
stalk to the brain. These larval trematodes do not encyst in
the urodelan intermediate host. Rodents experimentally
infected with unencysted larvae develop encysted stages,
suggesting that this parasite follows a four-host life cycle.

Fig. 8.26 (Left) Pleurogenes claviger adult. (Right) Prosotocus confusus
adult. Reproduced from Skrjabin, K.I. (1964) with permission.

Fig. 8.27 Diplostomulum scheuringi. Fully developed, unencysted
larva from the brain of a red-spotted newt. Reproduced from Etges, F.J.
(1961) with permission.



The definitive host and the length of time required to
complete the entire life cycle of this parasite are unknown.

Pathologic Effects and Clinical Disease. The cer-
cariae produce small hemorrhages at the point of host 
penetration78. Those that enter the eye lodge chiefly in the
vitreous body and may migrate along the optic stalk to the
brain, but apparently never invade the lens77. Those that
enter through the skin are carried by the circulatory system
to the brain, leading to an increase in ventricular size,
hyperplasia, and increased pigmentation of the meninges,
and either hyperplasia of the choroids plexus or, when
located intraventricularly, an absence of the plexus79. A
relationship between the presence of the parasite and brain
tumor formation has been suggested. Urodelans with low
worm burdens may be asymptomatic, while animals with
heavy burdens may be depressed, anorexic, or have diffi-
culty navigating through their environment.

Diagnosis, Treatment, and Prevention. Post-
mortem diagnosis is by identification of larvae at necropsy.
Because of the need for a snail intermediate host, and an
unknown definitive host, it is unlikely that the life cycle
would be completed in the laboratory. No treatment
recommendations are available.

Public Health Considerations. Diplostomulum
scheuringi does not infect humans.

Diplostomulum xenopi
Morphology. Larval Diplostomulum xenopi are unencysted
and measure 0.5 mm long and 0.3 mm wide80. The cuticle
is thin and lacks spines. The oral sucker is subterminal and
has an auricular projection on either side (Figure 8.28).
The lateral suckers are poorly developed and the acetabu-
lum, which is located in the anterior part of the posterior
half, is comparatively small and oval. Slightly posterior to
the acetabulum is the tribocytic or holdfast organ. The lat-
ter is large, oval, and covered with proteolytic gland cells.
Primordial gonads are immediately posterior to the tribo-
cytic organ. The hindbody is poorly developed. Calcareous
concretions are scattered throughout the body. Nothing is
known of the morphology of the adult, egg, or cercarial
forms.

Hosts. Larval flukes can be found in the pericardial
cavity of the South African clawed frog80,81. The larvae
have been found in imported clawed frogs from both the
United States and Great Britain. These larval parasites
appear to be common in this amphibian; the prevalence in
laboratory specimens imported into the United States is
78%80.
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Life Cycle. The life cycle is unknown. It is presumed
to involve a mollusk, probably a snail, as the first inter-
mediate host, and a reptile as the definitive host80.

Pathologic Effects and Clinical Disease. Motile larval
flukes are readily observable in the pericardial cavity with the
aid of a hand lens80. They are often present in large numbers,
25 to 150 per frog. These flukes do not encyst and, conse-
quently, remain in the pericardial sac as long as the frog lives.
The larvae can act as foreign bodies and cause an exudative
pericarditis. The pericardial sac distends, encroaches on the
lungs, and causes a reduced respiratory capacity. Concur-
rently, the increased intrapericardial pressure interferes with
venous input and results in decreased cardiac output. These
combine to produce hypoxia, respiratory failure, and death.
Sudden death may occur in compromised animals.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and recovery of flukes in the peri-
cardium. Currently, there is no treatment for this parasite.

Because of the probable need for a mollusk intermedi-
ate host, and an unknown definitive host, it unlikely that
the life cycle would be completed in the laboratory.

Public Health Considerations. Diplostomulum
xenopi does not infect humans.

Fig. 8.28 Diplostomulum xenopi. Fully developed, unencysted larva
from pericardial cavity of a South African clawed toad. Reproduced
from Nigrelli, R.F. and Maraventano, L.W. (1944) with permission.
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Hosts. The adult of this pseudophyllid cestode is com-
mon in the small intestine of red-spotted newts, California
newts, and two-lined salamanders (Eurycea bislineata) in
the United States65,83,84. Laboratory newts obtained from
their natural habitats are likely to be infected. The preva-
lence of this parasite varies with locale, but as many as 30%
of animals sampled in the north central and eastern United
States have been found to be infested14,65,83.

Life Cycle. The life cycle is typical of the Pseudophyl-
lidea, and is described in Chapter 4, Biology of Cestodes.
Adult newts can be infected directly by ingesting an
infected copepod, but are usually infected after preying on
an infected larval newt.

Pathologic Effects and Clinical Disease. Heavy infec-
tions cause enteritis in urodelans, which may appear weak
and debilitated83. Severely debilitated animals may die.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on clinical signs and finding
proglottids or eggs in the feces. Postmortem diagnosis is by
finding adult worms in the small intestine at necropsy.
Although no treatment has been described, praziquantel
(8 to 14 mg/kg orally every 14 days for three treatments)

Fig. 8.29 Neascus sp. metacercaria from a cyst in the skin of a South
African clawed toad. Reproduced from Elkan, E. and Murray, R.W.
(1952) with permission.

Fig. 8.30 Neascus sp. infection of a South African clawed toad.
Metacercariae encysted in the skin below the lateral line system cause a
local proliferation of melanophores at the site of each neuromast.
Reproduced from Elkan, E. and Murray, R.W. (1952) with permission.

Neascus sp.
A diplostomatid metacercaria (Figure 8.29) presumably of
the larval genus Neascus has been reported once in Great
Britain in a group of four imported South African clawed
toads82. The metacercariae encyst in the skin below the 
lateral line system and cause a local proliferation of
melanophores at the site of each neuromast (Figure 8.30).
Affected toads die shortly after the infection becomes
apparent. Nothing is known of the life cycle, control, or
public health importance of this parasite.

CESTODES

Pseudophyllidea

Bothriocephalus Rarus

Morphology. The scolex of Bothriocephalus rarus is small
and has two shallow, longitudinal bothria and a rectangular
terminal disc83. Segmentation begins immediately posterior
to the scolex, and there is no neck. The mature worm has 60
to 250 segments and is 67 mm to 300 mm in length. The
reproductive organs generally appear in the 30th segment.
The genital apertures are along the midline, the ovary is
compact and bilobed, and the uterine sac is ventral. The egg
is thick-shelled, operculated, and unembryonated when
laid. Eggs measure 59 � to 65 � long by 41 � to 56 � wide.



may be used. Abrupt changes in water temperature have
been found to cause newts in captivity to shed the tape-
worms83. Because the life cycle cannot be completed in the
absence of copepods, routine sanitation prevents the
spread of the infection in the laboratory.

Public Health Considerations. Bothriocephalus rarus
does not infect humans.

Cephalochlamys Namaquensis

Morphology. The scolex of Cephalochlamys namaquensis
(Syn. Chlamydocephalys xenopi) has two large, oval bothridia
that stand away from the body and give an arrowhead
appearance85–87. Mature worms measure 16 mm to 36 mm
long and 1.6 mm wide. Proglottids are wider than long 
(Figure 8.31). The ovary is located near the base of the seg-
ment. The uterus is narrow, and coiled, and extends almost
to the anterior border. The genital aperture is medial and
located on the anterior half of the segment. Eggs are oval,
thin shelled, nonoperculated, and measure 37 � long by 
26 � wide.

Hosts and Life Cycle. Cephalochlamys namaquensis is
common in the small intestine of the South African clawed
frog in the wild as well as in the laboratory15,84,85. Preva-
lence of infection in captive clawed frogs can be high81.
The life cycle is unknown85.

Pathologic Effects and Clinical Disease. Invasion of
the jejunal mucosa by C. namaquensis has been observed
(Figure 8.32). Although heavy infestations (more than 100
scolices in one toad) sometimes occur15,85, no severe pathol-
ogy has been reported. Affected clawed frogs may develop
diarrhea; however, most animals are asymptomatic.
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Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by finding eggs in a fecal flotation. Postmortem
diagnosis is by finding adult worms in the small intestine at
necropsy. Bromphenol blue has been used effectively to
treat infections with C. namaquensis15,85. Praziquantel may
also be effective, as described for Bothriocephalus rarus.
Because the complete life cycle is not known, recommen-
dations for control cannot be made. Once freed of infec-
tion, frogs in captivity do not appear to become
re-infected, thus indicating that the life cycle is not likely
to be completed in the laboratory85.

Public Health Considerations. Cephalochlamys
namaquensis does not infect humans.

Cyclophyllidea

Nematotaenia Dispar

Morphology. Mature Nematotaenia dispar are cylindrical
and can grow to 22 cm long and 0.5 to 0.6 mm wide15,87.
The scolex is unarmed and bears four suckers. A rostellum
is either poorly developed or absent. Segmentation is not
apparent except in the last few proglottids. Each proglottid
has two testes and numerous parauterine organs 
(Figure 8.33).

Hosts and Life Cycle. Adult N. dispar have been iso-
lated from the small intestine of edible frogs, grass frogs,
treefrogs, European toads, fire salamanders, other Euro-
pean salamanders, and alpine newts from Europe, Africa,
and Asia84. Infections are common in southern Europe
and northern Africa, and are likely to be encountered in
laboratory amphibians obtained from these regions15.

Fig. 8.31 Cephalochlamys namaquensis adult. (Left) Scolex. (Right) Entire worm. Reproduced from Elkan, E. (1960) with permission.



Nematotaenia dispar may also be found in leopard frogs,
cricket frogs, American toads, common toads, and mud-
puppies from North America87. The life cycle is
unknown.

Pathologic Effects and Clinical Disease. Nematotae-
nia dispar does not appear to cause any significant pathology.
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In small numbers, N. dispar is harmless, but in heavy infec-
tions may cause intestinal obstruction and death85.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by findings eggs in a fecal flotation.
Postmortem diagnosis is by finding adult worms in the
small intestine at necropsy. Treatment recommendations
are as described for Bothriocephalus rarus. Because the life
cycle of this parasite is unknown, it is difficult to deter-
mine what preventive methods should be taken to mini-
mize the likelihood of transmitting the parasite. All new
amphibians should be quarantined and serial fecal samples
examined. Infected animals should be treated. Animals
should not be released from quarantine until they have at
least four negative fecals over a four-week period.

Public Health Considerations. Nematotaenia dispar
does not infect humans. However, the life cycle is
unknown and basic hygiene practices should be followed
when handling amphibians infested with this parasite.

LARVAL CESTODES

Morphology. Larval Diphyllobothrium erinacei (Syn.
Diphyllobothrium mansoni, D. ranarum, D. reptans,
Spirometra erinacei) and Spirometra mansonoides (Syn.
Diphyllobothrium mansonoides) have been recovered from
amphibians. Plerocercoids are white, flattened, trans-
versely wrinkled, and have a longitudinal medial groove on
their ventral surface55,88,89. In amphibians, plerocercoids
grow up to 30 mm in length and 0.7 mm in width.

Hosts. Pseudophyllidean larvae (spargana) have been
reported to encyst in the muscle and connective tissue of
amphibians throughout the world53,84,90. Because of the con-
troversy associated with the nomenclature of these parasites
and the difficulty in precisely identifying the larvae, disagree-
ment exists concerning specific names of spargana in various
geographic locations88,91,92. Diphyllobothrium erinacei is
commonly applied to larval forms reported from Europe,
Asia, Indonesia, Australia, and South America, while
Spirometra mansonoides is applied to those reported from
North America. Diphyllobothrium erinacei has been found in
grass frogs, edible frogs, treefrogs, toads, fire salamanders,
common newts, and other salamanders53,90; S. mansonoides
has been reported in green frogs, bullfrogs, treefrogs, toads,
tiger salamanders, and red-spotted newts53,89. Diphylloboth-
rium erinacei is most common in eastern Asia and Indone-
sia88, with a prevalence of 82% reported in frogs (Rana
tigrina) from southeastern Asia90. In a survey of several

Fig. 8.32 Cephalochlamys namaquensis invading jejunal mucosa of a
South African clawed toad. Reproduced from Reichenbach-Klinke, H.
and Elkan, E. (1965) with permission.

Fig. 8.33 Nematotaenia dispar, mature proglottid. (Left) Cross sec-
tion. Note the cylindrical shape. (Right) Longitudinal view. Note the
paruterine organs. (Left) reproduced from Wardle, R.A. and McLeod,
J.A. (1952) with permission. (Right) reproduced from Cheng, T.C.
(1964) with permission.



species of tadpoles and adult frogs from the south central
United States, S. mansonoides was found in only 1% of
animals tested89. Laboratory amphibians obtained from
endemic regions are likely to be infected. The prevalence of
these parasites in captive amphibians in other parts of the
world is unknown.

Life Cycle. Carnivores (e.g., dogs and cats) serve as
the definitive host for D. erinacei and S. mansonoides. The
life cycle is typical of the pseudophyllidea, and is described
in Chapter 4, Biology of Cestodes. Amphibians are usually
infected in the immature stage (e.g., frog: tadpole; urode-
lan: newt larvae) after ingesting the infected copepod.
Adult amphibians can become infected by ingesting an
infected immature amphibian. The complete life cycle of
D. erinacei requires about 54 days.

Pathologic Effects and Clinical Disease. The migra-
tion of plerocercoid larvae through the intestinal wall and
body cavity may cause mechanical damage and adhesions
in fishes55, and presumably causes detrimental effects in
amphibians. Rapidly growing cestode larvae may interfere
with the nutrition and growth of the host15. Most affected
amphibians are asymptomatic. Heavily infected frog tad-
poles cease to grow90. Infected amphibians are generally
diagnosed at necropsy as an incidental finding.

Diagnosis, Treatment, and Prevention. A tentative
diagnosis is based on finding characteristic plerocercoid
larva in the muscle88. A definitive diagnosis requires the
experimental feeding of the immature parasite to a defini-
tive host and the identification of the adult parasite.
Because the parasites primarily encyst in the muscle and
connective tissue, there is no effective treatment. Because
the life cycle cannot be completed in the absence of cope-
pods, routine sanitation prevents the spread of the infec-
tion in the laboratory.

Public Health Considerations. Although these para-
sites cause sparganosis in man, infected laboratory
amphibians are unlikely to serve as a source of infection for
animal workers.

LEECHES

Morphology, Hosts, and Life Cycle. Aquatic and terres-
trial amphibians are susceptible to attack by leeches.
Leeches have a direct life cycle. Mature forms are her-
maphroditic and can therefore reproduce in captivity from
a single adult. Most leeches are ectoparasitic and feed on
amphibians by attaching themselves to an amphibian host.
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However, there are also endoparasitic leeches92–95 which
have been found to parasitize anurans. The leeches gain
entrance into the host via the cloaca, and feed on blood
from the liver and heart.

Pathologic Effects and Clinical Disease. Although
heavy leech burdens could result in significant blood loss
in captive amphibians, the greater risk posed by these para-
sites is that they can serve as vectors for other diseases,
including bacteria, viruses, and parasites96. Amphibians
infested with leeches may become anemic, with packed cell
volumes dropping below 20%. Anemic amphibians can
become lethargic and depressed. Because leeches can serve
as vectors for other infectious diseases, infested amphibians
should also be closely monitored for clinical signs associ-
ated with bacterial, viral, and other parasitic infections.

Diagnosis. Ectoparasitic leeches can be observed
grossly on the amphibian host or found in the aquatic
environment. Endoparasitic leeches can be more difficult
to identify. The amphibian should be trans-illuminated in
cases where endoparasitic leeches are suspected. This can
be done by placing a flashlight against the lateral body wall
of the amphibian. In some cases it is only possible to iden-
tify endoparasitic leeches at necropsy.

Treatment. External leeches can be removed with for-
ceps. The animal enclosure should also be cleaned to
ensure that eggs are removed. Endoparasitic leeches are
more difficult to control. Endoparasitic leeches may leave
the host after feeding. It may be possible to control leeches
by rotating the amphibian between enclosures and physi-
cally removing leeches from the animal enclosure.

Prevention. Newly acquired, wild amphibians should
be closely inspected for leeches during quarantine. Leeches
should be removed from the amphibian, and its enclosure
changed to prevent later exposure to newly hatched
leeches.

Public Health Considerations. Leeches that infest
amphibians are not considered to pose an important
human health risk.

NEMATODES

Hundreds of species of nematodes have been reported
from amphibians97,98. In most cases the amphibian serves
as the definitive host, although in a few cases it is the inter-
mediate host. Nematode larvae are frequently reported
encysted in the stomach and intestinal wall of green frogs,
water newts, and other aquatic amphibians in eastern



United States14,65,67,68. Although they are called spirurid
larvae, their exact identity is unknown.

Superfamily Rhabditoidea

Rhabdias spp.

Morphology. The parthenogenic female found in the
lungs of anurans measures 11 mm to 13 mm long15,98, and
is characterized by a mouth with six insignificant lips, a
short esophagus, a vulva located near the middle of the
body, and a sharply tapered posterior extremity that ends
in a finely conical point (Figure 8.34). The egg is thin-
shelled and embryonated. The larval stage that occurs in
the intestine of the frog or toad is typically rhabditiform.
The free-living male and female are similar to the
parthenogenic female; the infective larva is filariform.

Hosts. Rhabdias is common in the lungs of frogs and
toads15. Rhabdias ranae occurs in the lungs of leopard
frogs, bullfrogs, wood frogs, pickerel frogs, cricket frogs,
chorus frogs, spring peepers, common toads, and other
toads from North America68,97. Rhabdias bufonis occurs in
Europe and Asia in the lungs of grass frogs, edible frogs,
treefrogs, other frogs, European toads, and other toads6,97.
The prevalence R. ranae in frogs from the northeastern
United States is 31%68, while the prevalence of R. bufonis
in grass frogs from Great Britain is as high as 48%61.
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Reichenbach-Klinke and Elkan15 suggest that most wild
amphibians being brought into the laboratory should be
considered positive.

Life Cycle. The life cycle is direct. Eggs passed by the
parthenogenic female are carried up the bronchus to the
mouth, swallowed, hatch, and pass in the feces as rhabditi-
form larvae15,98. Outside the host they transform either
directly into infective larvae or indirectly by first passing
through a bisexual generation. Frogs and toads become
infected by ingestion of infective larvae or by penetration
of the skin. Larvae migrate through the body tissues to the
lungs, where they mature.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of Rhabdias. Infections
without pathologic changes are common15,85, but heavy
worm burdens may cause pneumonitis. Migrating 
nematode larvae sometimes cause cysts or are associated
with tumors in amphibians15. Most amphibians are
asymptomatic, but amphibians with heavy worm burdens
may appear depressed or lethargic or die acutely.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by finding rhabditiform larvae in a
fecal flotation. Postmortem diagnosis is by finding the
parthenogenic female in the lungs or the rhabditiform
larvae in the intestine. Treatment is as described for
Aplectana. Newly imported wild amphibians should be
quarantined for a minimum of 30 days. Serial fecal
samples should be collected to determine parasite status.
Changing the enclosure substrate will minimize environ-
mental contamination with Rhabdias. The author prefers
to keep affected amphibians on a moistened paper towel
substrate that can be changed daily.

Public Health Considerations. Rhabdias spp. do not
infect humans.

Superfamily Cosmocercidae

Aplectana spp.

Morphology. Adult Aplectana measure 2 mm to 7 mm
long, and possess a mouth bearing three lips, an esophagus
which terminates in a bulb, and a simple intestine that has
no diverticulum98. The males have two spicules of equal
length; the females have a posterior extremity that is coni-
cal and pointed (Figure 8.35).

Hosts. Aplectana are common in the intestine of
frogs, toads, and salamanders from North America and
Europe15,97. The prevalence of A. acuminata has been

Fig. 8.34 Rhabdias bufonis, parthenogenic female. Reproduced from
Yorke, W. and Maplestone, P.A. (1926) with permission.



reported to be 23% for grass frogs from Great Britain61.
Laboratory amphibians obtained from their natural habi-
tat may be infected.

Life Cycle. The life cycle is unknown but is probably
direct, with infection by ingestion of an embryonated egg
or infective larva57,98.

Pathologic Effects and Clinical Disease. Animals
with low parasite burdens have minimal pathology,
although enteritis may develop with heavy infections.
Heavily infected amphibians may develop debilitation,
intestinal obstruction, and peritonitis, and may die15.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by finding eggs in a fecal flotation.
Postmortem diagnosis is by finding adult nematodes in the
intestine. Infected animals may be treated with ivermectin
(0.2 mg/kg orally or by injection) or fenbendazole (25 to
50 mg/kg orally). Newly imported wild amphibians
should be quarantined for a minimum of 30 days. Serial
fecal samples should be collected to determine parasite sta-
tus. Animals should not be removed from quarantine until
they have four serial negative fecals over a four-week
period.

Public Health Considerations. Humans are not sus-
ceptible to infection with Aplectana.
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Cosmocerca spp.

Adult Cosmocerca are morphologically similar to Aplectana.
The prevalence of Cosmocerca ornate has been reported to be
81% in grass frogs from Great Britain61. Laboratory amphib-
ians obtained from their natural habitat may be infected. The
life cycle and other aspects of the biology and control of 
Cosmocerca are similar to those described for Aplectana.

Cosmocercoides spp.

Adult Cosmocercoides are morphologically similar to
Aplectana. The prevalence of Cosmocercoides dukae in the
red-spotted newt from the northeastern United States has
been reported to vary from 2% to 16%14,68. The life cycle
and other aspects of the biology and control of Cosmocer-
coides is similar to that described for Aplectana.

Oxysomatium spp.

Adult Oxysomatium are morphologically similar to
Aplectana. The prevalence of Oxysomatium americana in
salamanders from the northeastern United States has been
reported to vary from 2% to 7%65. Laboratory amphib-
ians obtained from their natural habitat may be infected.
The life cycle and other aspects of the biology and control

Fig. 8.35 Aplectana. (A) Anterior end, lateral view. (B) Anterior end, ventral view. (C) Posterior end of male. (D) Posterior end of female. Repro-
duced from Yorke, W. and Maplestone, P.A. (1926) with permission.



of Oxysomatium are similar to those described for
Aplectana.

Superfamily Oxyuroidea

Falcaustra spp.

Morphology. Adult Falcaustra (Syn. Spironoura) measure
8 mm to 16 mm long and have an esophagus with a termi-
nal bulb, a simple intestine without a diverticulum, and a
pointed posterior extremity in both sexes75,98. The male
has spicules of equal length and a gubernaculum, but no
caudal alae (Figure 8.36).

Hosts and Life Cycle. Falcaustra catesbeiana is com-
mon in bullfrogs and also occurs in leopard frogs, chorus
frogs, treefrogs, and other frogs75,97. The life cycle is
unknown but is assumed to be direct, with infection
occurring after ingestion of an embryonated egg57,98.
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Up to 50% of wild bullfrogs may be infected with this par-
asite. Thus, wild bullfrogs should be assumed to be infected.

Pathologic Effects and Clinical Disease. Pathologic
effects have not been described for F. catesbeiana.
Infections are asymptomatic. However, heavy burdens in 
captive amphibians might lead to enteritis or intestinal
obstruction.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Aplectana.

Public Health Considerations. Falcaustra does not
infect humans.

Superfamily Trichostrongyloidea

Oswaldocruzia spp.

Morphology. Adult Oswaldocruzia are filiform worms
measuring 6 mm to 14 mm long75,98. The buccal cavity is

Fig. 8.36 Falcaustra. (A) Head, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. Reproduced from Yorke, W. and
Maplestone, P.A. (1926) with permission.



rudimentary or absent, the vulva is located in the posterior
half of the body, and the spicules are short and stout and
end in a number of processes (Figure 8.37).

Hosts and Life Cycle. Oswaldocruzia is a tri-
chostrongylid nematode found in the intestine of amphibians
throughout the world15,97. Approximately 18% of leopard
frogs from the south central United States have been found to
harbor O. pipiens75. The prevalence of O. pipiens is much
higher (70%) in frogs from the northeastern United States68.
A single report on salamanders stated that approximately
23% of dusky salamanders from the northeastern United
States were infected68. The prevalence of O. pipiens in Great
Britain is similar (63%) to that reported for frogs from the
northeastern U.S. All anurans and urodelans should be con-
sidered susceptible to infection. The life cycle is unknown but
is probably direct, with infection by ingestion of an infective
larva57,98.

Pathologic Effects and Clinical Disease. Nothing is
known of the specific pathologic effects of Oswaldocruzia.
Animals with heavy worm burdens could develop enteritis.
Infected animals are generally asymptomatic, but heavily
infected animals may become debilitated and develop
intestinal obstruction, and may die15.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Aplectana.
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Public Health Considerations. Oswaldocruzia does
not infect humans.

Superfamily Filaroidea

Foleyella spp.

Morphology. Adult Foleyella spp. are white, fragile, fili-
form worms98–100. Males measure 15 mm to 25 mm long
and females measure 60 mm to 72 mm long. The mouth
of Foleyella is simple with no lips or teeth. The esophagus is
short and is divided into two parts, a muscular portion and
a glandular portion. The male has long caudal alae, anal
papillae, and unequal spicules (Figure 8.38). The vulva of
the female is near the posterior end of the esophagus. The
microfilariae are sheathed and vary in length with species.
The microfilaria of F. brachyoptera measures 120 � to 168 �
long; that of F. dolichoptera measures 263 � to 295 � long;
and that of F. ranae measures 114 � to 163 � long.

Hosts. Foleyella is common in frogs99,100. Adults are
found in the abdominal cavity in mesenteric and subcuta-
neous tissues. Microfilariae are found in the blood, lymph,
and tissue fluids. Foleyella brachyoptera and F. dolichoptera
occur in leopard frogs in the southeastern United States;
F. americana in leopard frogs and green frogs from the United
States and Canada; F. ranae in leopard frogs, green frogs, and

Fig. 8.37 Oswaldocruzia. (Left) Anterior end, lateral view. (Right) Posterior end of male, dorsal view. Reproduced from Yorke, W. and Maplestone,
P.A. (1926) with permission.



bullfrogs from the United States and Canada; and F. duboisi in
edible frog from Israel. Infections may be encountered in
laboratory frogs obtained from endemic areas99,100.

Life Cycle. Adult worms occur in the body cavity of
the frog, usually in the mesentery, but sometimes in the
subcutis15,63. Fertilized eggs develop into sheathed microfi-
lariae in the female, pass out into the tissues, and enter the
lymph and blood vessels99,100 Here they can survive about
two years awaiting ingestion by a mosquito intermediate
host. In the mosquito, larvae become infective for the 
vertebrate host in about 18 days. Frogs are infected when
bitten by an infected mosquito.

Pathologic Effects and Clinical Disease. Adult
worms can stimulate the formation of dermal, subcuticu-
lar, or mesenteric cysts, depending on the species. The
cysts are well-delineated in these cases. Microfilariae have
been associated with the formation of dermal tumors6,15.
Amphibians with low burdens are generally asymptomatic.
Animals with dermal cysts may appear pruritic, rubbing
the mass against solid objects. Death can occur in animals
with heavy filarid burdens15.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of microfilaria on a
blood smear. Postmortem diagnosis is by identification of
the adult worm in the body cavity15. No clinical trials have
been performed to determine an effective treatment.
Empirically, ivermectin (0.2 mg/kg once, repeated in 10
days for two to three treatments) may be used. In captivity,
the absence of the intermediate host will prevent the life
cycle of the parasite from being completed.
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Public Health Considerations. Foleyella does not
infect humans.

Icosiella spp.

Adult Icosiella are morphologically similar to Foleyella,
except that the mouth of Icosiella is surrounded by four
small spinose teeth and the esophagus is longer. Also, male
Icosiella lack caudal alae and papillae. Icosiella quadrituber-
culata occurs in the leopard frog, bullfrog, and amphiuma
in the United States, and I. neglecta in the grass frog and
edible frog from Europe, Asia, and Africa. Icosiella may be
encountered in laboratory frogs obtained from endemic
areas99. The life cycle and other aspects of the biology of
Icosiella are similar to those of Foleyella.

ACANTHOCEPHALA

Acanthocephalus ranae

Morphology. Adult Acanthocephalus ranae (Syn. A. falca-
tus) are cylindrical and have an elongated proboscis, with
six to 28 longitudinal rows of four to 15 hooks each 
(Figure 8.39)54. The male measures approximately 3.2 mm
in length and has two tandem, oval testes in the midregion
of the body101. The female is longer, measuring approxi-
mately 6 mm in length.

Fig. 8.39 Acanthocephalus ranae male. Reproduced from Van Cleave,
H.J. (1915) with permission.

Fig. 8.38 Foleyella. (Left) Anterior end of female, lateral view. (Right)
Posterior end of male, ventral view. Reproduced from Yorke, W. and
Maplestone, P.A. (1926) with permission.



Hosts. Acanthocephalus ranae has been found in the
stomach and intestine of grass frogs, edible frogs, and
toads from Europe15,61. It also occurs in other European
frogs, toads, salamanders, newts, and water snakes6. The
prevalence of A. ranae in grass frogs from Great Britain has
been reported to be 18%61, while as many as 50% of the
edible frogs from the European continent may be
infected101.

Life Cycle. An aquatic crustacean (isopod) serves as
the intermediate host for A. ranae6. Eggs passed in the feces
of the definitive host are ingested by a crustacean, and the
amphibian is infected by ingesting the crustacean. Snakes,
which normally do not feed on isopods, become infected
by ingesting an infected amphibian15. Animals obtained
from endemic areas should be screened for this parasite.

Pathologic Effects and Clinical Disease. The elon-
gated proboscis of A. ranae can penetrate deep into the gas-
tric or intestinal wall, causing severe tissue reaction and
mechanical damage to the mucosa and submucosa at the
point of attachment (Figure 18.40)15,85,102. Animals 
with low parasite burdens are generally asymptomatic.
Amphibians with heavy burdens may become anorexic and
emaciated. Severe burdens may also result in anemia.
Untreated animals may die.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of the eggs in a fecal
sample. Postmortem diagnosis is by identification of the
parasite in the stomach or intestine. No clinical trials have
been performed to determine an effective treatment.
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Empirically, ivermectin (0.2 mg/kg once, repeated in 10
days for two to three treatments) may be used. Because of
the need for an isopod intermediate host, it is unlikely that
the life cycle would be completed in the laboratory. Newly
acquired animals should be quarantined prior to being
introduced into a colony and screened (eg., fecal exams)
for the parasite.

Public Health Considerations. Acanthocephalus
ranae does not infect humans.

ARTHROPODS

Class Branchiura

Argulus sp.

Morphology. Argulus sp., the fish louse, is a branchiuran
crustacean. The body is flattened and covered with an 
oval-shaped carapace. Argulus have compound eyes, a pair
of large suckers, four pairs of swimming limbs, and they
measure 5 mm to 20 mm in diameter (see Figure 6.1 in
Chapter 6, Biology of Arthropods).

Hosts and Life Cycle. Argulus sp. can parasitize any
aquatic amphibian. They are most commonly found on
newts and tadpoles sold through the pet retail market. The
life cycle of Argulus sp. is direct. Unlike other crustaceans
which carry their eggs on their body, Argulus sp. deposit
their eggs in the environment.

Pathologic Effects and Clinical Disease. Argulus sp.
can induce pathology when it attaches and feeds on an

Fig. 8.40 Acanthocephalus ranae in European toad. (Left) Adult worms attached to the intestinal mucosa. (Right) Section of small intestine con-
taining a worm. Courtesy of E. Elkan, London.



amphibian. During attachment, these parasites can cause
damage to the epithelium. The break in the epithelial bar-
rier increases the susceptibility of the host to opportunistic
infections and osmoregulatory disorders. Amphibians
infested with Argulus sp. rub against rough surfaces to
remove parasites.

Diagnosis, Treatment, and Prevention. Argulus sp.
can be observed grossly on an infested amphibian. The
parasites typically leave an amphibian or fish once it is
removed from the water. For mild infestations, the para-
sites can be removed manually with forceps. The amphib-
ians should be placed into a new enclosure to prevent
re-infestation by recently hatched Argulus. Salt (10 to
25 g/L for five to 10 minutes) and ivermectin (10 mg/L,
30 to 60 minutes) baths may be used to eliminate Argulus
in the aquatic environment9. Amphibians should be exam-
ined closely during quarantine to ensure that they are not
infested with Argulus sp.

Public Health Considerations. Argulus does not
infest humans.

Class Insecta

Order Diptera

Family Calliphoridae
Bufolucilia spp. Morphology. Larvae of Bufolucilia
bufonivora (Syn. Lucilia bufonivora) and B. silvarum (Syn.
L. silvarum) (toad flies) are typically calliphorid103. Larvae
are white, measure 10 mm to 18 mm long, and have
several bands of microspines around their body. The head
is retractile and bears paired mouth hooks. Adults resemble
houseflies, but are larger, measuring 6 mm to 11 mm long.
The body is metallic green, the legs are black, and the
arista of the antenna is plumose.

Hosts. The larvae of Bufolucilia sp. cause severe and
often fatal myiasis of toads and frogs103,104. Bufolucilia
bufonivora occurs in Europe, Asia, northern Africa, 
and possibly North America103. It is common in European
toads and sometimes affects other toads, grass frogs, 
edible frogs, treefrogs, European salamanders, and 
crested newts103. Bufolucilia silvarum occurs in North
America and possibly Europe and northern Africa105.
In North America, it has been recovered from bullfrogs
and American toads104, but is considered rare. Infection 
with larvae of these flies would not be expected in
laboratories with proper fly control, but it could be 
present in specimens recently obtained from their natural
environment.
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Life Cycle. Bufolucilia bufonivora is an obligate para-
site of amphibians, while B. silvarum is a facultative para-
site103. Eggs usually hatch in one to three days, but
sometimes remain unhatched for many days. Larvae pupate
in two to seven days and metamorphose to adults in 10 to
21 days. The entire life cycle requires two to four weeks.

Pathologic Effects and Clinical Disease. The eggs
are laid on the skin of the host. Following hatching, larvae
migrate to the nasal passages103 where they cause erosion of
the mucous membranes and occasionally penetrate the
underlying bone and enter the orbit or brain106,107.
Affected amphibians may be anorexic, lethargic, and
depressed. Infected toads generally succumb.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the clinical signs and the presence of the larvae in
the lesions. The maggots can be manually removed. Iver-
mectin (0.2 to 0.4 mg/kg topically or intramuscularly,
repeated in seven to 10 days) may kill the maggots.
Bathing frogs in ivermectin (10 mg/L, 30 to 60 minutes)
may also prove larvacidal9. Treating affected anurans with
an organophosphate (diclorvos, �60-minute exposure)
has been suggested, but may also be toxic to the amphib-
ian19. Newly acquired specimens should be examined and,
if infected, culled. Amphibians maintained in laboratory
colonies should not be exposed to these flies. However,
proper fly control prevents infection.

Public Health Considerations. Bufolucilia have not
been reported to affect humans.

Class Arachnida

Suborder Prostigmata

Trombiculids
Morphology. Trombiculid mites appear reddish-orange.
Hannemania sp. larvae have six legs and an ovoid body,
and measure approximately 0.6 mm to 1.0 mm long and
0.3 mm to 0.6 mm wide108. As the larvae approach the
nymphal stage, rudiments of the fourth pair of legs
become apparent. The nymphal and adult stages both have
eight legs.

Hosts. The larvae of Hannemania mites embed
beneath the skin of various amphibians in North and
South America108,109. The most common species, 
H. dunni, is prevalent in the eastern United States108,110,111,
and has been reported to infest pickerel frogs, spotted sala-
manders, marbled salamanders, and dusky salamanders111.
The prevalence of this mite in salamanders has been



reported to vary from 7% to 33%14. Hannemania pene-
trans is another common trombiculid mite from the east-
ern United States and has been recovered from leopard
frogs, green frogs, bullfrogs, and toads108. Laboratory spec-
imens obtained from areas where the mites are endemic
may be infested.

Eutrombicula sp. and Neotrombicula sp. mites are pri-
marily found on reptiles and occasionally found on
amphibians obtained from their natural habitat15,108,112.
The most common species in North America is E. alfred-
dugesi, the common chigger. It is prevalent throughout the
Western Hemisphere and has been reported to affect
toads108,113. Another common species occurring in the
southeastern United States is E. splendens. This mite has
been recovered from treefrogs114. Only the larvae of these
genera are parasitic; the nymphs and adults are free-
living115. The larvae feed on tissue fluids from a single host
until engorged.

Life Cycle. The life cycle is direct, and involves larval,
nymph, and adult stages110. Although most trombiculid
mites are ectoparasites, the larva of this genus is usually
found beneath the skin of the host. Unengorged larvae pen-
etrate the skin and become completely embedded in about
two hours. The length of time spent under the skin varies,
sometimes lasting six months. The nymph and adults are
free-living and feed on small arthropods or arthropod eggs.
The life cycle cannot be completed in the laboratory.

Pathologic Effects and Clinical Disease. Embedded
larvae cause the formation of orange-to-red vesicles less
than 1 mm in diameter on the ventral surface of the rear
legs and in the cloacal region108,116. Encysted mites are
seen in the vesicles in microscopic sections. Animals with
severe mite infestations may develop generalized vesicles,
and appear listless. Amphibians can become anemic with
chronic infestations. The mites can also serve as vectors for
bacterial and viral diseases.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the skin lesions and the mites on the surface
of the amphibian. Because the mites are highly contagious,
infested animals should be removed from the colony and
housed separately. Treatment is as described for Bufolucilia
sp. Newly acquired amphibians should be carefully exam-
ined upon arrival and culled if infested.
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Public Health Considerations. Trombiculids cause
dermatitis in humans115. Special precautions, such as wear-
ing gloves and laboratory coats, should be followed to
minimize the likelihood of contact between animal care-
takers and infested amphibians.

MOLLUSKS

Morphology. Amphibians may become parasitized by 
larval clams, including Anodonta cygnaea, Megalonaeas
gigantean, and Simpsonichoncha ambigua. Larval mollusks
typically measure up to 0.5 mm in length.

Hosts. During dispersal, freshwater clam larvae some-
times embed in the gills of amphibian larvae15,115. Larvae
of S. ambigua and M. gigantean have been found in the
gills of the mudpuppy (Necturus) from the United
States117,118, and A. cygnaea from the gills of axolotl from
Europe15.

Life Cycle. Little is known regarding the life cycle of
these parasites in amphibians. In fishes, glochidia attach to
the gills and become encysted as a result of the host
immune response. The larvae have phagocytizing cells in
their mantle that derive nutrition from the host. The life
cycle is approximately 10 to 30 days. Eventually the larvae
excyst and start a benthic life cycle. Simpsonichoncha
ambigua may parasitize Necturus or develop in the adult
clam’s gills.

Pathologic Effects and Clinical Disease. Larval clams
generate a mild, localized inflammatory response in the gill.
Affected amphibians would not be expected to develop
severe disease because the burdens are generally low.

Diagnosis, Treatment, and Prevention. Ante-
mortem or postmortem diagnosis can be made based on
the identification of the parasitic larvae from a gill biopsy.
No treatments have been described. The parasitic larvae
eventually excyst from the amphibian and the lesion gener-
ated by the parasite heals. Larval clams would not be
expected to be a concern in captive amphibians, unless
amphibians were maintained in a mixed species exhibit
with mollusks.

Public Health Considerations. Larval clams are not
known to infest humans.



TABLE 8.1 Parasites of amphibians—circulatory/lymphatic system.

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Cryptobia sp. North America Newts, salamanders Blood Unknown Unknown 6
Trypanosoma India, Frogs Blood Bite of leech Spleen 121

inopinatum southern Europe, destruction, death
northern Africa

Trypanosoma pipientis North America Frogs Blood Bite of leech Spleen enlargement 122
Trypanosoma schmidti Southeastern US Leopard frogs Blood Probably by bite of Unknown 123

leech or arthropod
Trypanosoma sp. North America Newts, salamanders Blood Probably by bite of Usually none; some 3, 119, 120

leech or arthropod species may cause 
debilitation, anorexia,
erythrocyte 
degeneration

Trypanosoma sp. Worldwide Frogs, toads Blood Probably by bite of leech None 1,3
or arthropod

Coccidia

Cytamoeba bacterifera Europe, US Axolotl, frogs, newts, Blood Unknown Unknown 141
salamanders

Cytamoeba grassi Europe Treefrogs Blood Unknown Unknown 6
Haemogregarina sp. Africa, Europe, US Toads, bullfrogs, Blood Unknown None 6, 139

other frogs
Haemohormidium stableri US Leopard frogs Blood Unknown Unknown 141
Haemohormidium jahni US Red-spotted newts Blood Unknown Degeneration of 141

erythrocytes
Hepatozoon catesbeiana Unknown Bullfrogs Blood Ingestion of mosquito Variable anemia 36

containing sporocysts
Lankesterella bufonis Africa Toads Blood Bite of leech None 142
Lankesterella canadensis Canada Bullfrogs Blood Bite of leech Unknown 6
Lankesterella minima Worldwide Frogs, toads Blood Bite of leech Unknown 3, 143

Leeches

Btrachobdella picta US Bullfrogs Dorsal lymph sac Direct contact Unknown 15
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TABLE 8.2 Parasites of amphibians—enterohepatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Chilomastix caulleryi North America, Europe Axolotl, frogs, newts, Intestine Ingestion of organism None 6
salamanders, toads passed in feces

Giardia agilis Worldwide Frogs, toads Small intestine Ingestion of organism None 15, 125
passed in feces

Hexamastix batrachorum Europe, North America Newts, salamanders Intestine Ingestion of organism None 6, 12, 15
passed in feces

Hexamita batrachorum North America Frogs, newts, Large intestine Ingestion of organism Enteritis 6, 14
salamanders, toads passed in feces

Karotomorpha bufonis Europe, North America Frogs, newts, Rectum Ingestion of organism None 6, 14
salamanders, toads passed in feces

Karotomorpha swezyi US Frogs, toads, Rectum Ingestion of organism None 6, 14
salamanders, newts passed in feces

Monocercomonas Worldwide Frogs, newts, Large intestine Ingestion of organism None 6, 15
batrachorum salamanders, toads passed in feces

Monocercomonoides Europe European toads, Intestine Ingestion of organism None 15
rotunda European salamanders passed in feces

Octomitus sp. US Frogs, dusky salamanders Large intestine Ingestion of organism None 20
passed in feces

Opalina sp. Worldwide Frogs, newts, toads Intestine Ingestion of organism None 3, 6, 15
passed in feces

Proteromonas longifila Americas, Europe Axolotl, frogs, newts, Rectum Ingestion of organism None 15
salamanders, toads passed in feces

Protoopalina sp. Worldwide Frogs, newts, salamanders, Intestine Ingestion of organism None 3, 6
toads passed in feces

Retortamonas dobelli Europe, US Frogs, newts, salamanders, Intestine Ingestion of organism None 127
toads passed in feces

Tetratrichomonas prowazeki Americas, Europe Frogs, newts, salamanders, Large intestine Ingestion of organism None 11, 25
snakes, toads, salamanders passed in feces

Treponemas agilis Europe Frogs, newts Intestine Ingestion of organism None 6
passed in feces

Treponemas sp. US Leopard frogs, salamanders Intestine Ingestion of organism None 6
passed in feces

Trichomitus batrachorum Worldwide Axolotl, frogs, lizards, newts, Large intestine Ingestion of organism None 22
salamanders, snakes, toads passed in feces

Trimitus parvus Europe, US European toads, frogs, garter Intestine Ingestion of organism None 60
snakes, red-spotted newts passed in feces

Tritrichomonas augusta Americas, Asia, Europe Frogs, lizards, newts, Large intestine Ingestion of organism Hepatitis 15, 124
salamanders, toads passed in feces

Amoebae

Copramoeba salamandrae US Red-spotted newts Intestine Ingestion of organism None 15
passed in feces
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TABLE 8.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Entamoeba currens Europe Edible frogs, toads Intestine Ingestion of organism None 6
passed in feces

Entamoeba pyrrhogaster US Red-spotted newts Intestine Ingestion of organism None 15
passed in feces

Entamoeba ranarum Europe, India, Philippine Frogs, newts, toads Intestine Ingestion of organism Enteritis, 27
Islands, US passed in feces hepatitis,

nephritis
Mastigamoeba hylae Americas, Europe Frogs, newts, toads Intestine Ingestion of organism None 60

passed in feces
Vahlkampfia sp. Europe Frogs Intestine Ingestion of organism None 6, 15

passed in feces
Vahlkampfia salamandrae US Newts Intestine Ingestion of organism None 15

passed in feces

Coccidia

Cryptosporidium sp. Unknown Clawed frogs Stomach Ingestion of sporulated Gastritis, 30
oocyst in feces enteritis

Eimeria sp. Asia, Europe, US Frogs, newts, salamanders, Intestine Ingestion of sporulated None 6, 15, 127
toads oocyst in feces

Isospora jeffersonianum US Jefferson salamanders Intestine Ingestion of sporulated None 6
oocyst in feces

Ciliates

Balantidium sp. Africa, Asia, Europe, Frogs, newts, salamanders, Intestine Ingestion of organism None 3, 6, 15
North America toads passed in feces

Cepedietta sp. Africa, Europe, Axolotl, frogs, salamanders, Intestine Ingestion of organism None 44
North America toads passed in feces

Nyctotheroides cordiformis Worldwide Frogs, newts, toads Intestine Ingestion of organism None 45, 129
passed in feces

Opalina obtrigonoidea US Frogs, toads Intestine Ingestion of zygocysts in None 144
feces of tadpole

Opalina ranarum Europe Frogs, newts, toads Intestine Ingestion of zygocysts in None 144
feces of tadpole

Protoopalina sp. Africa, Australia, Europe Frogs, newts, salamanders, Intestine Ingestion of zygocysts in None 145
toads feces of tadpole

Microspora

Alloglugea bufonis South America Toads Intestine, liver, Probably ingestion of Xenoma 40
kidney, spleen spores released from formation

tissue

Myxozoa
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Myxidium serotinum US Frogs, salamanders, toads Gallbladder Probably by actinosporeans None 128
released from oligochaete 
worms

Trematodes

Adult Digenetic

Brachycoelium ambystomae Southeastern US Marbled salamanders Small intestine Ingestion of metacercaria None 130
in tissues of intermediate 
host (snail)

Brachycoelium salamandrae Worldwide Amphiumas, frogs, newts, Intestine Ingestion of metacercaria None 131
salamanders, toads, reptiles in tissues of intermediate 

host (snail)
Brachycoelium stablefordi Eastern US Dusky salamanders Small intestine Ingestion of metacercaria None 132

in tissues of intermediate 
host (snail)

Cephalogonimus US Amphiumas Intestine Probably by ingestion of None 6
amphiumae metacercaria in 

arthropod or skin of 
amphibian

Cephalogonimus sp. Europe, North America Frogs Intestine Ingestion of metacercaria None 133
in skin of amphibian, 
possibly by ingestion 
of arthropod

Crepidostomum sp. Europe, North America Amphiumas, frogs, Intestine Ingestion of second None 55
mudpuppies, salamanders intermediate host 

(arthropod)
Diplodiscus subclavatus Africa, Australasia, Europe Frogs, newts, salamanders, Large intestine Ingestion of metacercaria None 15, 134

toads in skin of amphibian
Diplodiscus unguiculatus Europe Newts Rectum Ingestion of metacercaria None 6

in skin of amphibian
Diplodiscus sp. Asia Frogs Large intestine, Ingestion of metacercaria None 6, 15, 64

cloaca in skin of amphibian
Dolichosaccus rastellus Europe Frogs, newts, salamanders, Intestine Ingestion of second None 15, 61

toads intermediate host 
(insect, tadpole)

Glypthelmins sp. Americas, Asia Frogs, toads Intestine Ingestion of metacercaria None 6, 135
formed in skin after 
penetration by cercaria

Haplometrana intestinalis Western US Frogs, toads Intestine Ingestion of metacercaria None 63
formed in skin of frog 
after penetration by 
cercaria

Halipegus amherstensis North America Frogs Mouth, ear canal Ingestion of second None 63
intermediate host 
(arthropod)
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TABLE 8.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Halipegus eccentricus US Frogs Mouth, ear canal Ingestion of second Unknown 63
intermediate host 
(arthropod)

Halipegus eschi Costa Rica Frogs Esophagus Ingestion of second None 136
intermediate host 
(arthropod)

Halipegus occidualis North America Frogs Mouth, ear canals, Ingestion of second None 137
pharynx intermediate host 

(arthropod)
Halipegus ovocaudatus Europe, southern Africa Frogs Mouth Ingestion of second None 138

intermediate host 
(arthropod)

Loxogenes arcanum North America Frogs Intestine, viscera Ingestion of metacercaria Cysts in viscera 6
encysted in second (insect)
intermediate host 

Megalodiscus americanus North and Central America Amphiuma, frogs, newts, Intestine Ingestion of metacercaria None 6, 64
salamanders in skin of amphibian

Megalodiscus intermedius US Bullfrogs, dusky salamanders Rectum Ingestion of metacercaria None 6, 64
in skin of amphibian

Megalodiscus microphagus US Frogs, salamanders, toads Large intestine, Ingestion of metacercaria None 69
urinary bladder in skin of amphibian

Megalodiscus rankini US Red-spotted newts Intestine Ingestion of metacercaria None 6
in skin of amphibian

Megalodiscus temperatus Americas Amphiumas, frogs, newts, Large intestine Ingestion of metacercaria None 15, 153
salamanders, toads in skin of amphibian

Opisthioglyphe ranae Africa, Europe Frogs, newts, salamanders, Intestine Ingestion of second None 15, 66, 
toads intermediate host 154

(arthropod)
Plagitura parva Eastern US Red-spotted newts Small intestine Ingestion of metacercaria None 158

in tissue of second 
intermediate host 
(snail, insect)

Plagitura salamandra Eastern US Red-spotted newts, Small intestine Ingestion of metacercaria None 159
salamanders in tissue of second 

intermediate host 
(snail, insect)

Pleurogenes claviger Europe Frogs, newts, toads Small intestine Ingestion of second None 15
intermediate host 
(arthropod)

Pleurogenes medians Europe, Africa Frogs, newts, toads Small intestine Ingestion of metacercaria None 6, 155
encysted in second 
intermediate host (insect)
or in skin of tadpole
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Prosotocus confusus Asia, Europe Frogs, toads Small intestine Ingestion of second None 156
intermediate host 
(arthropod)

Telorchis sp. North America Amphiuma, mudpuppies Intestine Ingestion of second Unknown 160
intermediate host 
(arthropod)

Larval digenetic

Cotylurus variegatus Europe Frogs Liver Unknown Unknown 161
Echinoparyphium Worldwide Frogs, newts, toads Liver, kidneys Penetration by cercaria Unknown 162

recurvatum released from snail
Gorgodera amplicava North America Tadpoles of frogs, larvae of Intestinal wall Ingestion of cercaria Unknown 73

spotted salamanders released from snail

Cestodes

Adult

Bothriocephalus rarus US Newts, two-lined salamanders Small intestine Ingestion of intermediate Weakness, 83
(Eurycea bislineata) host (copepod) or newt debilitation,

larva death
Cephalochlamys Great Britain, South African clawed toads Small intestine Unknown Unknown 86

namaquensis southern Africa
Cylindrotaenia americana Americas Frogs, salamanders, toads, Small intestine Unknown Unknown 163

lizards, softshell turtles,
snakes

Cylindrotaenia quadrijugosa North central US Leopard frogs Small intestine Unknown Unknown 15
Distoichometra bufonis Southeastern US Toads Small intestine Unknown Unknown 15
Nematotaenia dispar Africa, Asia, Europe Frogs, newts, salamanders, Small intestine Unknown Intestinal 16

toads obstruction,
death

Ophiotaenia perspicua Americas Leopard frogs, garter snakes, Intestine Ingestion of intermediate Unknown 15
water snakes host (copepod) or frog 

tadpole or fish
Ophiotaenia saphena North central US Frogs Small intestine Ingestion of intermediate Unknown 15

host (copepod)
Ophiotaenia sp. North America Amphiumas, frogs, Small intestine Unknown Unknown 6, 15

mudpuppies, salamanders, 
toads

Larval

Ligula intestinalis Asia, Europe, Tiger salamanders Intestine Ingestion of first Unknown 6
North America intermediate host 

(copepod)
Ophiotaenia perspicua US Frogs Liver Ingestion of first Unknown 6

intermediate host
(copepod)
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Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Nematodes

Camallanidae

Procamallanus slomei Southern Africa South African clawed toads Stomach Ingestion of copepod Embeds head 6
deeply in 
stomach wall, 
apparently 
ingests blood, 
causes trauma

Cosmocercidae

Aplectana acuminata Africa, Americas, Europe Frogs, newts, salamanders, Intestine Probable ingestion of Possible debilitation, 16
toads embryonated eggs or intestinal 

infective larva obstruction,
peritonitis, death

Cosmocerca commutata Europe, South America Frogs, newts, salamanders, Intestine Probable ingestion of Debilitation, 6
toads embryonated eggs or intestinal 

infective larva obstruction, 
death

Cosmocerca ornata Europe Frogs, newts, toads Intestine Probable ingestion of Possible debilitation, 164
embryonated eggs or intestinal
infective larva obstruction,

peritonitis, death
Cosmocercoides dukae North America Frogs, newts, salamanders, Intestine Probable ingestion of Possible debilitation 165

toads, box turtles, embryonated eggs or intestinal 
hognose snakes infective larva obstruction, 

peritonitis, death
Oxysomatium americana US Frogs, salamanders, toads Large intestine Probable ingestion of Possible debilitation, 6

embryonated eggs or intestinal 
infective larva obstruction,

peritonitis, death
Oxysomatium Europe Frogs, toads, European Large intestine Probable ingestion of Possibly causes 166

brevicaudatum salamanders, newts embryonated egg or debilitation, 
infective larva intestinal

obstruction, 
peritonitis, death

Oxyuroidea

Falcaustra catesbeianae US Frogs Large intestine Probable ingestion of Unknown 6
embryonated egg

Thelandros magnavulvaris US Red-spotted newts, Intestine Ingestion of embryonated Unknown 6
salamanders egg

Trichostrongyloidea

160



Oswaldocruzia leidyi North America Frogs, salamanders, toads, Small intestine Ingestion of infective larva Possible debilitation, 168
box turtles, geckoes intestinal

obstruction,
peritonitis, death

Oswaldocruzia Americas Frogs, mudpuppies, toads Small intestine Ingestion of infective larva Possible debilitation, 15
subauricularis intestinal

obstruction, death
Oswaldocruzia goezi Asia, Europe Frogs, toads, European Small intestine Ingestion of infective larva Possible debilitation, 6

salamanders, common intestinal
newts obstruction, death

Oswaldocruzia bialata Africa, Asia, Europe Frogs, toads Small intestine Ingestion of infective larva Possible debilitation, 6
intestinal
obstruction, death

Oswaldocruzia sp. Asia, Europe Frogs, newts, salamanders, Small intestine Ingestion of infective larva Possible debilitation, 6
toads, European lizards intestinal

obstruction, death

Pharyngodonidae

Pharyngodon sp. Africa, Asia, Europe Salamanders, newts (also Intestine Probably by ingestion of Unknown 169
found in European lizards) embryonated egg

Spiruroidea

Spiroxys contortus Africa, Europe, Red spotted newts, turtles Stomach Ingestion of copepod or Penetrates mucosa, 170
North America transport host (fish, causes abscess 

amphibian) formation in 
stomach,
duodenal wall

Trichuroidea

Amphibiocapillaria Worldwide Amphiumas, frogs, newts Intestine Probably by ingestion Unknown 171
tritonispunctati of embryonated egg or

earthworm

Acanthocephala

Acanthocephalus sp. Worldwide Frogs, newts, salamanders, Intestine Probably by ingestion of Enteritis 6
toads, turtles, water snakes isopod or amphipod

Acanthocephalus ranae Europe Frogs, newts, salamanders, Stomach, intestine Ingestion of intermediate Traumatic gastritis, 101, 172
toads host (isopod) enteritis,

sometimes death
Centrorhynchus aluconis Asia, Europe Frogs, toads Intestine Ingestion of insect larva Unknown 173
Corynosoma semerme Europe Edible frogs Intestine Ingestion of aquatic Unknown 6

crustacean (amphipod)
Leptorhynchoides thecatus US Amphiumas, mudpuppies, Intestine Probably by ingestion of Unknown 174

fishes amphipod
Neoechinorhynchus rutili Europe Edible frogs, fishes, turtles Stomach, intestine Ingestion of intermediate Intestinal occlusion, 175

host (ostracod) gastritis, enteritis
Pomphorhynchus bulbocolli Eastern US Red-spotted newts, fishes Intestine Ingestion of amphipod Enteritis 55
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TABLE 8.3 Parasites of amphibians—skin, connective tissue, musculoskeletal system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Oodinium pillularis Europe Axolotl, frogs, newts Skin, gills Direct contact with free- Heavy infections cause 15
living stage in water gray coating on skin, 

gills; debilitation; 
impaired respiration;
sometimes death

Piscinoodinium sp. Worldwide Larval amphibians Skin, gills Direct contact with free- Localized granuloma 18
living stage (trophont)
in water

Microsporidia

Pleistophora myotropica Europe European toads Muscle Ingestion of invertebrate Anorexia, emaciation, 39
mechanical vector death

Myxozoa

Glugea danilewskyi Europe Grass frogs, Muscle Unknown Intramuscular cysts 15
European pond
terrapins, water snakes

Myxobolus conspicuous US Red-spotted newts Muscle Probably ingestion of spores Unknown 15
released from tissue

Ciliates

Trichodina fultoni US Mudpuppies Gills Direct contact with Unknown 48
organism in water

Trichodina pediculus North America, Frogs Skin Direct contact with Unknown 48
Europe, Asia organism in water

Trematodes

Adult Monogenetic

Gyrodactylus sp. Europe, Frogs, fishes Skin, gills Direct transmission of Asphyxiation 56
North America infective larvae

Sphyranura sp. North America Mudpuppies Gills Direct contact Ingests blood, causes 63, 146
frayed gills, 
sometimes asphyxiation

Larval digenetic

Alaria alata Europe Frogs, European toads, Skin, subcutis, Penetration by cercaria None 6
snakes muscle released from snail

Alaria intermedia US Leopard frogs, garter Muscle, kidneys, Penetration by cercaria Unknown 6
snakes pericardium released from snail
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Alaria sp. North America Tadpoles, occasionally Skin, subcutis, Penetration by cercaria None 6, 63
adult frogs, toads, muscle released from snail
salamander larvae

Allassostomoides parvum North America Tadpoles of leopard frogs Skin Penetration by cercaria Unknown 6
released from snail

Cercaria vesiculosa Canada Frogs Throat muscle Unknown Unknown 6
Clinostomum North America Frogs, salamanders (also Muscle Penetration by cercaria Unknown 192

attenuatum found in snakes) released from snail
Clinostomum Asia, Eastern Europe Frogs, humans Muscle Penetration by cercaria Unknown 193

complanatum released from snail
Codonocephalus Europe Frogs, snakes Skin, subcutis, Penetration by cercaria Unknown 194

urnigerus muscle released from snail
Dasymetra conferta North America Tadpoles of frogs Muscle Ingestion of cercaria Unknown 195

released from snail
Dasymetra villicaeca US Tadpoles of frogs Muscle Ingestion of cercaria released Unknown 6

from snail
Diplostomulum US Tadpole of leopard frogs, Muscle Ingestion of cercaria released Unknown 6

vegrandis snakes from snail
Diplostomulum xenopi Africa, Britain, South African clawed Pericardial sac Ingestion of cercaria released Exudative pericarditis 196

North America toads from snail
Diplostomulum sp. North America Salamanders Body cavity Ingestion of cercaria released Unknown 6

from snail
Encyclometra Europe, Asia Frogs Muscle Ingestion of cercaria released Unknown 197

colubrimurorum from snail
Euparyphium melis Asia, Europe, Tadpoles of frogs Tail Penetration by cercaria Unknown 6

North America released from snail
Euryhelmis monorchis North America Frogs Skin, subcutis Penetration by cercaria Skin vesicles, cysts 198

released from snail
Euryhelmis squamula Europe Frogs, toads, newts Skin Penetration by cercaria Unknown 199

released from snail
Fibricola cratera North America Frogs Skin, muscle, Penetration by cercaria Unknown 200

body cavity released from snail
Glypthelmins US Frogs Skin Penetration by cercaria Unknown 70

pennsylvaniensis released from snail
Glypthelmins quieta Americas, Asia Frogs Skin, intestine Penetration by cercaria Unknown 72

released from snail
Lechriorchis sp. North America Frogs Muscle Ingestion of cercaria Unknown 201

released from snail
Ochetosoma sp. North America Tadpoles of frogs Muscle Ingestion of cercaria Unknown 6

released from snail
Opisthioglyphe xenopi Southern Africa South African clawed toads Skin Ingestion of cercaria Unknown 6

released from snail
Pleurogenes medians Africa, Europe Frogs Skin Penetration by cercaria Unknown 155

released from snail
Ratzia parva Africa, Europe Edible frogs Muscle Unknown Unknown 202
Tetracotyle crystallina North America Leopard frogs Muscle Unknown Unknown 6
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TABLE 8.3 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Zeugorchis eurinus US Tadpoles of frogs Muscle Ingestion of cercaria released Unknown 6
from snail

Zeugorchis signatus Europe Tadpoles of frogs Muscle Ingestion of cercaria released Unknown 6
from snail

Cestodes

Larval

Diphyllobothrium Australasia, Europe, Frogs, newts, salamanders, Muscle, connective Ingestion of first intermediate Larval migration causes 90
erinacei South America toads, snakes, turtles tissue host (copepod) or immature mechanical damage

amphibian
Diphyllobothrium Americas, Asia, Frogs Various tissues Ingestion of first intermediate Unknown 60

latum Europe host (copepod)
Schistocephalus solidus Europe Edible frogs, fishes Body cavity Ingestion of first intermediate Unknown 6

host (copepod)
Spirometra mansonoides US Frogs, newts, salamanders, Muscle Ingestion of first intermediate Unknown 89

toads, snakes, turtles host (copepod) or amphibian
or reptile

Leeches

Batrachobdella algira Eastern Europe Frogs Skin Direct contact Unknown 6
Haementeria costata Asia, Europe Edible frogs, European Skin Direct contact Vector of 15, 176

pond terrapins Haemogregarina
Hemiclepsis marginata Asia, Europe Frogs, turtles Skin Direct contact Unknown 15, 177
Limnatis nilotica Africa, Europe Edible frogs Skin Direct contact Unknown 178
Macrobdella sp. US Frogs Skin Direct contact Unknown 6
Oligobdella biannulata US Dusky salamanders Skin Direct contact Unknown 6
Placobdella montifera US Frogs, toads Skin Direct contact Unknown 55

Nematodes

Filaroidea

Foleyella duboisi Israel Edible frogs Body cavity, Bite of mosquito Mesenteric cysts 15
mesentery

Foleyella sp. North America Frogs Body cavity, Bite of mosquito Mesenteric cysts 99, 182
mesentery

Icosiella neglecta Africa, Asia, Europe Frogs Subcutis Bite of mosquito or midge Subcuticular cysts 15, 99
Icosiella US Amphiumas, frogs Body cavity, Probably bite of mosquito Mesenteric cysts 16

quadrituberculata mesentery

Arthropods

Insecta
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Diptera (Flies)

Aedes sp. Worldwide Frogs, other vertebrates Skin Direct contact Ingests blood, transmits 183
pathogens

Anolisimuyia blakeae US Green anoles Skin Direct contact Myiasis 6
Batrachomyia  Australia Treefrogs, toads Skin Direct contact Myiasis 60

mertensi (larva)
Bufolucilia bufonivora Worldwide Toads, frogs, newts, Nostrils, deeper Direct contact Myiasis 106

salamanders tissues
Bufolucilia sylvarum Africa, Europe, Toads, frogs Nostrils, deeper Direct contact Myiasis 190

North America tissues
Culex sp. Worldwide Frogs, snakes Skin Direct contact Ingests blood, transmits 183, 184

pathogens
Forcipomyia North America Leopard frogs Skin Direct contact Ingests blood, transmits 184

fairfaxensis (midge) pathogens
Lucilia porphyrina Asia Toads Skin, orbit Direct contact Myiasis, death 185

(larva)
Phlebotomus China Toads Skin Direct contact Ingests blood, transmits 186

squamirostris trypanosomes
Phlebotomus sp. US Frogs, toads Skin Direct contact Ingests blood, transmits 6

pathogens
Sarcophaga ruralis Europe European toads Skin Direct contact Myiasis 6

Arachnida

Ticks (Hard)

Amblyomma dissimile Americas Toads, reptiles Skin Direct contact Irritation 187
Amblyomma Americas Toads, reptiles Skin Direct contact Irritation 6

rotundatum

Ticks (Soft)

Ornithodoros erraticus Africa, Asia, Europe Toads, reptiles Skin Direct contact Probably causes 16
irritation, trauma

Mites

Prostigmates

Eutrombicula Americas Toads, reptiles, humans, Skin Direct contact None 188
alfreddugesi other vertebrates

Eutrombicula insularis West Indies Anoles Skin Direct contact Unknown 15
Eutrombicula splendens Southeastern US Treefrogs, lizards, snakes Skin Direct contact None 189
Hannemania sp. Worldwide Frogs, salamanders, toads Skin Direct contact Dermal vesicles 109, 110

Mollusks (Larval clams)

Anodonta cygnaea Europe Axolotl Gills Direct contact Local inflammation 115

(Continued)
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Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Megalonaeas gigantean US Mudpuppies Gills Direct contact Local inflammation 115
Simpsonichoncha US Mudpuppies Gills Direct contact Local inflammation 115

ambigua

Crustaceans

Argulus americanus US Frogs, newts, Skin Direct contact Anemia, dermatitis 55
salamanders, fishes

Argulus japonicus Worldwide Tadpoles of leopard frogs Skin Direct contact Anemia, dermatitis 55, 16
Lernaea cyprinacea Worldwide Frogs, newts, salamanders Gills, skin Direct contact Trauma of gills, skin 55
Lernaea ranae US Tadpoles of green frogs Gills Direct contact Trauma of gills, skin 55
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TABLE 8.4 Parasites of amphibians—Respiratory, nervous, urogenital systems, and miscellaneous tissues.

Geographic Location in Method of Pathologic 
Parasite distribution Hosts host infection effects Reference

Coccidia

Isospora Europe Frogs, toads Kidneys Ingestion of Nephritis 203, 204
lieberküehni sporulated oocyst 

passed in urine
Leptotheca Europe, North Frogs, toads Kidneys Ingestion of Renal hypertrophy, 204

ohlmacheri America organism congestion
passed in urine

Pleistophora bufonis Europe, North Toads Bidder’s organ Unknown Unknown 6
America

Trichodina Africa, Europe, Edible frogs, Urinary bladder Direct contact with Unknown 3
urinicola North America newts, toads organism in water

Ciliates

Glaucoma sp. US Axolotl Brain, spinal cord Unknown Unknown 15
Trichodina Africa, Europe, Frogs, newts, Urinary bladder Ingestion of organism None 47

urinicola North America toads passed in urine

Microsporidia

Myxosoma ranae Australia, Europe Grass frogs, Various tissues Probably ingestion Unknown 15
treefrogs of spores released

from tissue

Trematodes

Adult Monogenetic

Polystoma sp. Worldwide Frogs, toads Urinary bladder, Direct transmission Ingests blood; 15, 58, 146
gills of infective larvae pathologic effects

slight

Adult Digenetic

Gorgodera North America Frogs, salamanders, Kidneys, urinary Ingestion of second Heavy infections 73
amplicava toads bladder intermediate host cause listlessness, 

(frog tadpole, anorexia, uremia, 
salamander larva, death
snail, crayfish)

Gorgodera Europe, Frogs, salamanders, Urinary bladder Ingestion of second Heavy infections  147
cygnoides North America toads intermediate host cause listlessness,

(frog tadpole, anorexia, uremia, 
salamander larva, death
snail, crayfish)
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Geographic Location in Method of Pathologic 
Parasite distribution Hosts host infection effects Reference

Gorgoderina Americas Frogs, newts, snakes Kidneys, urinary Ingestion of second Heavy infections cause 147
attenuata bladder intermediate host listlessness, anorexia, 

(frog tadpole, uremia, death
salamander larva,
snail, crayfish)

Gorgoderina Africa, Asia, Frogs, toads Urinary bladder Ingestion of second Heavy infections 60, 148
vitelliloba Europe intermediate host cause listlessness,

(frog tadpole, anorexia, uremia,
salamander larva, death
snail, crayfish)

Gorgoderina sp. Americas Frogs, newts, Urinary bladder Ingestion of second Anorexia, uremia, 6, 60, 149
salamanders, intermediate host death
toads (frog tadpole,

salamander larva,
snail, crayfish)

Phyllodistomum North America Toads, salamanders Urinary bladder Ingestion of second Unknown 6
americanum intermediate host

(arthropod)
Phyllodistomum Eastern US Dusky salamanders Urinary bladder Ingestion of second Unknown 6

solidum intermediate host
(arthropod)

Larval Digenetic

Allocreadium Europe Grass frogs Various tissues Penetration by Unknown 6
anguisticolle cercaria released 

from snail
Apharyngostrigea US Tadpoles of Various tissues Penetration by Unknown 6

pipientis leopard frogs, cercaria released 
treefrogs from snail

Cercaria elodes US Tadpoles of Notochord Unknown Unknown 6
leopard frogs

Diplostomum US Tadpoles of frogs, Eye lens Penetration by Unknown 157
flexicaudum American toads cercaria released

from snail
Diplostomulum US Red-spotted newts, Eyes, brain Penetration by Local hemorrhages 78

scheuringi greater sirens cercaria released 
(Siren lacertina) from snail

Echinoparyphium North America Frogs Kidneys Penetration by Unknown 205
flexum cercaria released 

from snail
Echinoparyphium Europe Edible frogs Various tissues Penetration by Unknown 6

spinigerum cercaria released 
from snail

Echinostoma Worldwide Amphibians Various tissues Penetration by Unknown 210
revolutum cercaria released

from snail
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Echinostoma xenopi Southern Africa South African Brain, subcutis Penetration by Unknown 6
clawed toads cercaria released

from snail
Gorgodera North America, Frogs, toads Urinary bladder Penetration by Unknown 206

cygnoides Europe cercaria released
from clam

Haematoloechus Africa, Europe Frogs, toads Lungs Ingestion of second Anemia 6, 15, 150
asper intermediate host 

(arthropod)
Haematoloechus sp. Americas Frogs Lungs Infection of second Anemia 6, 63, 151

intermediate host 
(arthropod)

Haplometra Europe Frogs, European Lungs Ingestion of second None 15, 61, 76, 152
cylindracea toads intermediate host

(water beetle)
Hypoderaeum Asia, Europe, Edible frogs Various tissues Penetration by Unknown 211

conoideum North America cercaria released 
from snail

Leptophallus Africa, Europe Tadpoles of frogs, Various tissues Penetration by Unknown 6
nigrovenosus newts, toads, cercaria released

lizards from snail
Neascus sp. Great Britain, South African Lateral line system Unknown Local proliferation 82

southern Africa clawed frogs of melanophores,
death

Sphaerostoma Europe Treefrogs Various tissues Penetration by Unknown 6
bramae cercaria released

from snail
Strigea elegans US Tadpoles of frogs, Various tissues Penetration by cercaria Unknown 209

American toads, released from
larva of marbled snail or ingestion
salamander; snakes of tadpole

Cestodes

Larval

Mesocestoides sp. US Leopard frogs, Kidneys, liver, Ingestion of  Unknown 207
toads, lizards, intestinal wall, unknown first
snakes mesentery intermediate host

Nematodes

Rhabditoidea

Rhabdias Asia, Europe Frogs, toads Lungs Ingestion of infective Unknown 179
bufonis larva or penetration 

of skin by larva

(Continued)
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Geographic Location in Method of Pathologic 
Parasite distribution Hosts host infection effects Reference

Rhabdias US Frogs Lungs Ingestion of Unknown 6
entomelas infective larva or 

penetration of skin 
by larva

Rhabdias North America Frogs, toads, snakes Lungs Ingestion of larva or Unknown 180
ranae penetration of skin

by larva
Rhabdias Europe Frogs, toads Lungs Ingestion of infective Unknown 6

rubrovenosa larva or penetration 
of skin by larva

Rhabdias Central America, Toads Lungs Ingestion of infective Unknown 181
sphaerocephala Europe larva or 

penetration of 
skin by larva

Arthropods

Arachnida

Mites

Lawrencarus sp. Worldwide Toads Nasal passages Direct contact Unknown 16
Xenopacarus Southern Africa South African Nasal passages Direct contact Unknown 208

africanus clawed toads
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INTRODUCTION

Reptiles are used as animal models in biomedical research
for studies involving cardiovascular physiology, environ-
mental toxicology, evolutionary and reproductive biology,
vector-borne diseases, and others; and as sources of snake
venoms important in human medicine. Reptiles are readily
available through vendors in both the United States and
Europe, and may originate through captive breeding pro-
grams or through capture of wild animals. While the former
are often free of parasites, the latter may harbor a wide
range of commensal or parasitic organisms. Therefore,
people involved in the care and/or use of reptiles in bio-
medical research or teaching should be familiar with the
parasitic fauna of these important animal models.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Giardia, Hexamita, Trichomonas
Morphology. The flagellates identified in reptiles are
morphologically similar to those observed in other vertebrates.
The interested reader is directed to Chapter 8, Parasites of
Amphibians, for morphologic descriptions.

Hosts and Life Cycle. Flagellates may be found in
snakes, lizards, chelonians, and crocodilians. Reproduction
is by simple binary fission. Some species form cysts. The
transmission of these organisms is direct. These organisms
can be found in both the urogenital and gastrointestinal
systems of reptiles.

Pathologic Effects and Clinical Disease. The intestinal
flagellates of reptiles are often found in asymptomatic
animals, typically during routine fecal examinations, but have
also been implicated in primary enteric disease. Heavy
burdens of intestinal flagellates may cause inflammatory
bowel disease or nephritis. Affected reptiles may be anorexic
and lose weight. Diarrhea is a common finding, and melena
may be observed with small bowel disease. Frank hemorrhage
may also be noted with large bowel infection or chronic
straining. Severe dehydration may result without treatment.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is made from a direct saline fecal or urine smear.
Postmortem diagnosis is made from histopathologic find-
ings of inflammatory bowel disease and the presence of the
organisms. Reptiles with flagellated protozoa that are not
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experiencing clinical disease should not be treated. Treating
animals based purely on the presence of the organisms could
lead to alterations in the microflora, allowing certain oppor-
tunistic pathogens (e.g., bacterial or protozoal) an opportu-
nity to exploit the host. In cases where clinical disease is
associated with the presence of the flagellates, the treatment
of choice is metronidazole given orally (50 to 100 mg/kg)
for seven to 10 days. Avoid using high doses (	100 to 
150 mg/kg), because these can be associated with hepatic
encephalopathy or death. Wild-caught animals under quar-
antine should be screened for parasites before being released
into the colony. At least four consecutive weekly fecal exam-
inations should be done before newly arrived animals are
released from quarantine.

Public Health Considerations. Flagellates of reptiles
are not likely to infect humans. However, caretakers should
always practice good hygiene by wearing disposable gloves
and washing their hands thoroughly after handling infected
animals.

Class Sarcodina (amoebae)

Entamoeba invadens
Morphology. Entamoeba invadens (Syn. Entamoeba ser-
pentis) closely resembles E. histolytica. Trophozoites are
amoeboid, actively motile, can vary their shape and size,
and typically measure 16 µ in diameter (Figure 9.1). The
endoplasm is dense and contains a nucleus and food vacuoles
filled with host-cell debris, leucocytes, or bacteria. Cysts
are indistinguishable from those of E. histolytica, and
measure 11 µ to 20 µ in diameter and contain one to four
nuclei, a glycogen vacuole, and chromatoid bodies.

Hosts. Entamoeba invadens is one of the most impor-
tant pathogens of captive snakes and lizards worldwide1.

Tables are placed at the ends of chapters.
Fig. 9.1 Entamoeba invadens. (Left) Trophozoite. (Right) Cyst. Repro-
duced from Fantham, H.B. and Porter, A. (1953–1954) with permission.



Infections occur primarily in the intestines, although 
gastric and hepatic infections also occur.

Life Cycle. Reproduction is by binary fission and the
infective stage is the cyst2. Trophozoites become round and
small before encysting. A cyst wall is produced and the
nucleus divides twice, producing four small nuclei. The
quadrinucleate cyst is passed in the feces, and when ingested
by a suitable host, emerges as an amoeba with four nuclei.
This amoeba divides several times and produces small uni-
nucleate amoebas, each of which develops into a trophozoite.

Pathologic Effects. Most snakes and lizards are sus-
ceptible to infection with E. invadens, where infection
often results in significant morbidity and mortality3.
Chelonians can harbor E. invadens but typically only serve
as asymptomatic carriers or reservoirs of the parasite. This
can pose a problem in multispecies exhibits where cheloni-
ans are mixed with lizards and snakes. Crocodilians also
appear relatively unaffected by this parasite.

Although the organisms may cause minor damage in
the lungs, spleen, pancreas, and kidneys4, the most severe
lesions occur in the gastrointestinal tract and liver3.
Lesions in the colon and liver are typical and appear to be
primary; those in the small intestine and stomach appear
to be secondary. In the colon, discrete, irregular ulcers
develop in the mucosa and measure 1 mm to 5 mm in
width. Adjacent tissues are first congested and edematous
and later necrotic. The initial lesions rapidly extend to the
entire colonic mucosa, and the wall becomes thickened,
intensely congested, and inelastic. The submucosa and
muscularis become involved, and the organism enters the
blood and lymph vessels. Lesions in the small intestine
(ileum) appear to be extensions of those in the large intes-
tine. They are often as widespread as those in the colon,
but the necrosis usually involves only the mucosa and
superficial submucosa. Blood-stained mucus containing
large numbers of cysts and trophozoites fills the lumen.

Initial lesions in the stomach consist of cone-shaped
ulcers, measuring approximately 2 mm in diameter and
1 mm in depth. The ulcers can extend into the submucosa,
and be filled with a soft friable, blood-stained mass of exu-
dates and debris containing many trophozoites. Although
the ulcers increase in size and number, they rarely coalesce.
The liver is mottled, pale brown to dark red, and usually
swollen and friable. Focal necrosis of the hepatic
parenchyma occurs but is often obscured by thromboem-
bolic disease caused by obstruction of the portal vein.
Macroscopically, hepatic lesions appear as necrotic foci
that measure 1 cm to 4 cm in diameter.
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Clinical Disease. Signs of infection are usually non-
specific and localized to the gastrointestinal tract. Affected
animals may develop anorexia, weight loss, dehydration,
diarrhea, and frank hemorrhage in the feces3. Death usu-
ally occurs in two to 10 weeks. Animals that survive for
extended periods often become severely dehydrated and
cachexic.

Diagnosis. Diagnosis is based on the microscopic
demonstration of cysts and trophozoites in the feces of the
living animal or in the lesions at necropsy. Saline enemas
may be given to reptiles to collect samples for screening1.

Treatment. Effective treatment consists of metron-
idazole (125 mg/kg repeated twice at 72 and 96 hours3 or
275 mg/kg given once5). Infections may also be amelio-
rated with gentamicin (2.2 to 4.4 mg/kg every 72 hours
for five treatments) or chloramphenicol (50 mg/kg twice
daily for 14 days)5. It is important to consider the animal’s
environmental temperature when treating affected animals
with these compounds. Temperatures above 37°C and
below 13°C reduce pathogen survival and/or virulence6.

Prevention. Control is based on sanitation and pro-
phylactic treatment. All newly acquired reptiles should be
screened for infection with E. invadens. Animals should
not be released from quarantine until they have been
shown to be parasite-free following at least three fecal
examinations over a 60-day period. Because turtles may
serve as reservoirs of infection for snakes and lizards, these
should not be housed together. Further, water from turtle
enclosures should be prevented from reaching snakes, and
separate cleaning and feeding utensils should be used for
these different reptiles.

Public Health Considerations. Humans have not
been shown to be susceptible to infection with E. invadens.

Phylum Apicomplexa

Class Coccidia

Cryptosporidium sp.
Morphology. Cryptosporiduim sp. found in reptiles
include C. serpentis and C. saurophilum. Cryptosporidium
serpentis oocysts measure 5.6 µ to 6.6 µ long by 4.8 µ to
5.6 µ wide. Cryptosporidium saurophilum oocysts are
slightly more narrow, measuring 4.4 µ to 5.6 µ long by
4.2 µ to 5.2 µ wide7.

Hosts. Cryptosporidium serpentis is most commonly
found in the stomach of snakes, while C. saurophilum is
primarily found in the intestinal tract of lizards. Chelonians
can also become infected, but less commonly.



Life Cycle. The life cycles of Cryptosporidium found
in reptiles are assumed to be similar to those of others in
the genus. Typical of the genus, sporulation occurs in the
host cells, ensuring that the oocysts are infective when
passed with the feces. Transmission occurs via the fecal-
oral route. In the captive setting, oocysts can be easily dis-
seminated within an enclosed environment.

Pathologic Effects and Clinical Disease. Infection
with C. serpentis results in loss of the brush border, flatten-
ing of the epithelial cells, and proliferation of gastric
mucous cells8. Infections with C. saurophilum can lead to
similar epithelial changes in the intestines, resulting in
enteritis9. Affected animals may be asymptomatic. How-
ever, most cases presented to veterinarians present with
clinical disease. In snakes, the clinical course may include
anorexia or a voracious appetite, vomiting/regurgitation of
recently eaten meals, weight loss, dehydration, and gastric
swelling. Infections with C. saurophilum can lead to similar
clinical findings, including anorexia, weight loss, and 
diarrhea; however, the stomach is not usually involved. 
An unusual presentation for cryptosporidiosis may also
occur in green iguanas, where the animals develop aural
abscesses.

Diagnosis. Diagnosis is by examination of direct
smears, acid-fast staining of feces, or examination of gastric
lavage samples from infected animals. An immunofluores-
cent antibody stain (IFA) (Merifluor, Meridian Diagnostic,
Cincinnati, OH) can also be used, and increases the likeli-
hood of confirming a diagnosis. Diagnosis by fecal exami-
nation is complicated by the intermittent shedding of
oocysts. Gastric or intestinal biopsies with histopathologi-
cal review of the samples may confirm the diagnosis. For
large collections, diagnostic necropsies may be warranted.

Treatment and Prevention. There is no effective
treatment for cryptosporidiosis in any host species. Anti-
biotics, bovine hyperimmune bovine colostrum, altering
environmental temperature, and immunization with
oocyst wall antigens have all been attempted and found to
provide some relief, but do not consistently eliminate the
organism. At this time, culling infected animals is recom-
mended. Strict hygiene and quarantine are essential to
controlling cryptosporidiosis. Animals should be quaran-
tined prior to admission into the collection. Serial fecal
samples should be examined weekly using an acid-fast
stain. Prior to release from quarantine it is advisable to test
a pooled fecal sample with the Merifluor IFA test.

Public Health Considerations. Reptilian crypto-
sporidial organisms do not appear to be zoonotic.
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Eimeria spp.
Morphology. The morphology and biology of the Eimeria
spp. are presented in the chapters on parasites of birds, 
rabbits, and others. Briefly, Eimeria oocysts, when sporu-
lated, contain four sporocysts, each with two sporozoites
(Figure 9.2)9.

Hosts. Several species of Eimeria may be found in
captive reptiles, including snakes, lizards, chelonians, and
crocodilians1,11. Most Eimeria inhabit the intestine, but
some of those occurring in snakes are found in the gall-
bladder and bile duct, and rarely, in the kidneys.

Life Cycle. The life cycles of the Eimeria are as
described in other chapters. Briefly, reptiles become
infected after ingesting oocysts. Schizogony occurs in the
epithelial lining of various organ systems, depending on
parasite species. Oocysts are shed with the feces following
gametogony.

Pathologic Effects. The pathologic effects of coccidia
appear mild for most reptiles; however, more severe cases
resulting in epithelial ulceration and fibrosis, and sep-
ticemia from the loss of epithelial integrity, may occur. For
example, E. bitis infections in garter snakes have been
found to cause denuding of the mucosa and extensive
fibrosis of the submucosa of the gallbladder1.

Fig. 9.2 Eimeria scriptae oocyst. Reproduced from Sampson, J.R. and
Ernst, J.V. (1969) with permission.



Clinical Disease. Reptiles infected with Eimeria may
be asymptomatic, or show clinical signs consistent with
gastrointestinal disease. Clinically affected reptiles may be
anorexic, dehydrated, and have diarrhea. Regurgitation
and vomiting can occur but are rare.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by direct saline fecal smear or fecal
flotation. Biliary and renal coccidial infections are gener-
ally diagnosed at necropsy. Several antibiotics and anti-
protozoal agents have been suggested as possible treatments
for coccidial infections in reptiles, though few controlled
studies have been reported. Sodium sulfamethazine in the
drinking water at a level of 7 g/L has been suggested as a
treatment for reptiles, but its effectiveness is unknown12.
Recommendations using trimethoprim-sulfadiazine in
both parenteral (30 mg/kg intramuscularly once a day for
two days, then every 48 hours for five days) and oral forms
(30 mg/kg once, then 15 mg/kg once per day for 14 to
21 days) have also been published13. Because sulfonamides
are coccidiostatic, most infections are only controlled
and not eliminated with these drugs. Control is based on
sanitation and prophylactic treatment.

All newly acquired reptiles should be screened for
infection with Eimeria. Animals should not be removed
from quarantine until they have been shown to be parasite-
free on at least three fecal examinations over a 60-day
period. In cases where a colony is positive, it is generally
prudent to prophylactically treat the animals during times
of high stress to reduce the likelihood of overwhelming
infections.

Public Health Considerations. None of the species
of Eimeria of reptiles are known to infect humans.

Isospora spp.
The morphology, biology, and clinical effects of Isospora
are generally similar to those of Eimeria. Isospora spp. can
be differentiated from Eimeria spp. by the fact that its
oocyst produces two sporocysts, each with four sporozoites
(Figure 9.3)14. Isospora spp. have been reported in snakes,
lizards, and crocodilians. Infections are found in the intes-
tine. Isospora amphiboluri, a coccidian parasite of bearded
dragons, causes severe pathologic changes in juvenile drag-
ons. Diagnosis, treatment, and prevention are as described
for Eimeria of reptiles. Humans are not susceptible to
infection with Isospora spp.

Hemogregarines
Morphology. The forms found in the blood of captive
reptiles (Figure 9.4) vary with the stage of the life cycle and
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species of host9,15. The most common genera of hemogre-
garines found in reptiles include Haemogregarina, Hepato-
zoon, Karyolyses, Lainsonia, and Schellackia. Intracellular
gamonts range in size from 10 to 17 µ long by 2 µ to 4 µ
wide.

Hosts. Hemogregarines are the most common blood
protozoa of wild-caught snakes and turtles. Classification
schemes differ from author to author. For this text, classifi-
cation of reptilian hemogregarines is based on features of
the life cycle. There are two suborders of importance:
Eimeriorina and Adeleorina. Lainsonia and Schellackia are
included among the Eimeriorina. These parasites are usu-
ally found in lizards and snakes. The Adeleorina include
Haemogregarina, Hepatozoon, and Karyolysus, which have
been found in snakes, lizards, chelonians, and crocodilians.

Relatively little is known of the biology and life cycles
of the reptilian hemogregarines. Among the best studied
are the Haemogregarina spp. Haemogregarina stepanowi is
found in turtles, including snapping turtles, painted tur-
tles, red-eared slider turtles, cooters, box turtles, softshell
turtles, European pond terrapins, and other turtles from
the United States and Europe16–19. Prevalence rates are
often high, with 45% to 75% of animals tested found to
be positive in the central and southern United States17,19,20.
Haemogregarina spp. have also been identified in racers, rat

Fig. 9.3 Isospora lieberkühni oocyst. Reproduced from Wenyon, C.M.
(1926) with permission.



snakes, kingsnakes, water snakes, bullsnakes, garter snakes,
and other snakes from North America. In a cross-sectional
study evaluating the prevalence of the parasite in snakes,
40% (20/50) of snakes (nine species) from the central
United Snakes and 31% (186/600) of snakes from the cen-
tral and southwestern United States were found infected
with this hemoparasites15,17.

Life Cycle. Hemogregarines are intracellular parasites,
commonly found in erythrocytes, leukocytes, and other
cells within the body (e.g., spleen, liver) (Figure 9.4)9. In
the Eimeriorina, merogony, sporogony, and gametogony all
occur in the definitive host. Invertebrates serve only as
vectors. Transmission occurs after an invertebrate consumes
a blood meal from an infected reptile and is then ingested
by another reptile. In Adeleorina, merogony occurs in the
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reptilian definitive host, gametogony occurs in reptilian
blood cells, and sporogony occurs in arthropod intermedi-
ate hosts.

Pathologic Effects and Clinical Disease. Although
usually considered nonpathogenic, heavy infections may
cause anemia1. The presence of a hemogregarine in an 
erythrocyte causes distortion of the blood cell, including
nuclear displacement and cytoplasmic attenuation1. The
number of erythrocytes affected by these parasites can
approach 80%15. Heavily infected reptiles become anemic1.
Reptiles generally have packed cell volumes (PCV) 	 20%;
however, it is not uncommon to have reptiles present with
PCV between 10% to 20%. The author does not become
concerned until the PCV falls below 8%. Regardless, most
affected reptiles are asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the demonstration of the parasite in stained
(Diff-Quik or Wright-Giemsa) blood smears1. A diagnosis
of secondary anemia is based on a PCV � 20%. No
effective treatment regimens have been reported. In
severe cases, treatment with doxycycline, chloroquine, or
pyrimethramine may be attempted. A dosing schedule
should be extrapolated from the mammalian and avian
literature. Hemogregarines should not be found in captive,
indoor reptiles. During quarantine, reptiles should be
closely inspected for the presence of potential vectors. An
insecticide can be applied to minimize the likelihood of
introducing vectors to a colony. Insecticides should also
be applied to the environment if flying vectors (e.g., mos-
quitoes) are a concern.

Public Health Considerations. Hemogregarines do
not infect humans.

Class Haemosporidia

Important Haemosporidia found in reptiles include those
of the genera Fallisia, Haemoproteus, Plasmodium, and
Saurocytozoon. These hemoparasites are morphologically
similar to related protozoa of other vertebrates. The
Haemosporidia may be found in lizards, snakes, and chelo-
nians; lizards are most commonly infected. The life cycles
of the Haemosporidia are poorly known but all require
arthropod vectors. While most infections are asympto-
matic, heavy infections result in anemia.

Diagnosis is by demonstrating parasites in stained
(Diff-Quik or Wright-Giemsa) blood smears1. No effective
treatments have been reported. In severe cases, treatment
with doxycycline, chloroquine, or pyrimethramine may be
instituted, with dosing schedules extrapolated from the

Fig. 9.4 Haemogregarina stepanowi, morphology and life cycle: a–o,
schizogony and gametogony in turtle; p–w, sexual reproduction in
bloodsucking invertebrate. Reproduced from Kudo, R.R. (1966) with
permission.



mammalian and avian literature. Infection with hemoparasites
should not occur in captivity where arthropod vectors are
excluded. During quarantine, reptiles should be closely
inspected for the presence of potential vectors and infested rep-
tiles treated with insecticide. Insecticides should also be applied
to the environment if flying vectors (e.g., mosquitoes) are a
concern. The Haemosporidia of reptiles do not infect humans.

Phylum Microspora

Morphology. As noted in Chapter 15, Parasites of Rab-
bits, the Microspora have been reclassified as fungi. They
are included here for historical reasons. The morphology
of the microspordia varies with the stage of the life cycles.
Microsporidians measure 5 µ to 20 µ in length. They are
pyriform in shape and have a posterior vacuole. Schizonts
contain up to eight nuclei. Small sporonts have two to
three nuclei when immature and up to 100 nuclei when
mature. Pleistophora spp. spores are oval and measure 3.5 µ
to 6.7 µ long by 2 µ to 3 µ wide. On one side of the
anterior pole of each spore is a small granule to which is
attached a filament. When extended, this filament
measures 80 µ to 220 µ long. A microsporidian recently
isolated from African skinks (Mabuya perrotetii) was found
to have slightly curved spores. The spores measured 2.9 µ
long by 1.2 µ wide, and were identical to those of
Encephalitozoon lacertae21.

Hosts and Life Cycle. Pleistophora is the most common
microsporidian associated with reptiles. Encysted spores have
been found in snakes, lizards, and chelonians. An unidenti-
fied microsporidian was recently identified in inland bearded
dragons (Pogona vitticeps)22, and unidentified microsporidia
have been identified in snakes8. These organisms are proba-
bly more prevalent than is currently recognized. The life
cycles of the microsporidia are direct, and though incom-
pletely known, are likely similar to those of other members of
the phylum. These are discussed in Chapter 7, Parasites of
Fishes, and Chapter 15, Parasites of Rabbits.

Pathologic Effects. Encysted microsporidia may
appear as non-specific granulomas in muscle or other tis-
sues. Severe hepatic necrosis with clusters of light basophilic,
intracytoplasmic microorganisms was found in bearded
dragons. The disease appeared well disseminated, with simi-
lar microorganisms found within cytoplasmic vacuoles in
distended renal epithelial cells, pulmonary epithelial cells,
gastric mucosal epithelial cells, enterocytes, and capillary
endothelial cells and ventricular ependymal cells in the
brain. The microsporidium isolated in the bearded dragons
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was Gram-positive and acid-fast, and stained positive using
the periodic acid-Schiff reaction. In the African skinks, the
histopathological changes were found in the large intestine
and included villous atrophy, blunting of mucosa, and flat-
tening of individual epithelial cells21.

Clinical Disease. Reptiles infected with microsporidia
frequently develop clinical signs consistent with gastroin-
testinal disease. African skinks with microsporidiosis had
decreased appetite, diarrhea, and weight loss. Systemic dis-
ease might also be expected in cases of widespread dissemi-
nated microsporidiosis, as described in the bearded dragon.

Diagnosis. Antemortem diagnosis is by identifying
spores in the feces of infected animals. Electron microscopy
is required to characterize the spores to the generic level.
Postmortem diagnosis is by gross identification of xenomas
and microscopic identification of tissue spores.

Treatment and Prevention. Microsporidial infec-
tions are difficult to treat. In the laboratory setting, it is
probably best to cull infected animals. Quarantine and
examining serial fecal samples may be used to reduce the
likelihood of introducing these parasites into a colony.
Chloramphenicol and topical oxytetracycline hydrochloric
acid with polymyxin B have been used to suppress spore
formation, but did not eliminate the parasite23. Quaranti-
ning recently acquired animals, serially screening fecal
samples, and obtaining animals from reputable breeders or
wild populations where these parasites are not known to be
endemic should be done to prevent the introduction of
these parasites into captive amphibian colonies.

Public Health Considerations. The microsporidia of
reptiles do not infect humans.

Phylum Ciliophora

Balantidium spp.

Morphology. Balantidium spp. are among the most com-
mon ciliates of reptiles. The reader is directed to Chapter 8,
Parasites of Amphibians, for a description of their mor-
phology.

Hosts and Life Cycle. Balantidium spp. are com-
monly found in the intestines of chelonians, where they
are considered commensals. Reproduction is by conjuga-
tion and binary fission. Trophozoites inhabit the intestinal
tract, while the cyst stage is released into the fecal stream as
the environmentally resistant infective stage.

Pathologic Effects and Clinical Disease. Balantid-
ium are not considered pathogenic. However, changes in the
microbial flora associated with dietary changes, antibiotics,



and stress could result in increased populations of ciliates,
leading to localized enteritis, anorexia, and diarrhea. How-
ever, clinical balantidiasis is rare.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is based on identifying ciliates in a direct
saline smear of the feces. In cases where clinical disease 
is present, metronidazole may be administered (10 to 
20 mg/kg orally once daily for seven to 10 days). Strict
adherence to quarantine and hygiene protocols will reduce
the likelihood of transmitting Balantidium. Minimizing
stress in the captive environment is also important.

Public Health Considerations. Balantidium spp.
from reptiles are not infectious to humans.

Nyctotheroides spp.

The morphology, biology, and clinical effects of Nyc-
totheroides (Syn. Nyctotherus spp.) are presented in Chapter
8, Parasites of Amphibians. Like Balantidium spp., Nyc-
totheroides spp. are among the most common ciliates of
reptiles. Nyctotheroides spp. are commonly found in the
intestine of chelonians, where they are considered to be
commensals. Reproduction is by conjugation and binary
fission. Cysts are only sometimes formed. As described for
Balantidium spp., changes in the microbial flora may be
associated with increased enteric burdens of Nyctotheroides,
leading to localized enteritis. Diagnosis, treatment, and
prevention are as described for Balantidium. Nyctotheroides
spp. do not infect humans.

TREMATODES

Dasymetra, Lechriorchis, Ochetosoma,
Zeugorchis

Morphology. Adult digenean trematodes share certain
morphologic features. These are described in Chapter 3,
Biology of Trematodes and Leeches. The adult of Dasymetra
conferta measures 3.8 mm to 1.1 mm long24. The adult of
Lechriorchis primus measures 1.8 mm to 5.7 mm long and
0.6 mm to 1.3 mm wide; the egg is oval, has an operculum,
and measures 48 µ to 50 µ long by 23 µ to 25 µ wide 25. The
adult of L. tygarti measures 2.2 mm to 6.9 mm long by 
0.6 mm to 1.6 mm wide; its eggs are also oval and opercu-
late and measure 43 µ to 53 µ long by 20 µ to 34 µ wide.
The adult of Ochetosoma aniarum (Syn. Neorenifer aniarum)
measures 1.8 mm to 3.5 mm long by 0.7 mm to 1.1 mm
wide; the eggs measure 32 µ to 4 2 µ long by 20 µ to 25 µ
wide26. The adult of Zeugorchis eurinus measures 1.9 mm to
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3.3 mm long by 0.6 mm to 0.8 mm wide. Its eggs are similar
to those of Lechriorchis and measure 42 µ to 46 µ long by
18 µ to 23 µ wide.

Hosts. These flukes, often called renifers, inhabit the
lung, mouth, and digestive tract of snakes27. Although
common throughout the world, little is known of the 
epidemiology of these parasites28. In a single study evaluat-
ing garter snakes from the north-central United States, the
prevalence L. primus was 25%, suggesting that this parasite
is common in some populations of snakes25.

Life Cycle. The life cycles of the renifers are similar to
one another25. Eggs are deposited by the adult flukes into
the lung, swallowed, and passed in the feces. The eggs
hatch after being ingested by a gastropod such as a snail
and, after four to five weeks, leave the snail as cercariae.
The cercariae are ingested by tadpoles and encyst in the
muscles. Snakes become infected after ingesting infected
tadpoles. The metacercariae excyst in the stomach and
develop into young worms in the small intestine. After
approximately seven months, the young worms migrate
through the stomach into the esophagus. Once in the
esophagus the parasites remain for another three months,
after which they pass through the mouth to the lung.
Another year is required for maturation to the adult stage.

Pathologic Effects and Clinical Disease. Although
most infections appear harmless, heavy infections have
been shown to cause pulmonary irritation, dyspnea, and
weight loss29. Additional signs may include nervousness
and irritability, though there is disagreement on this
issue30.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in the feces or parasites in the mouth of 
living animals, or in the digestive tract or lung at necropsy.
Trematodes identified in the oral cavity can be removed
using forceps. Endoscopic removal of the adult nematodes
from the lungs may be possible in larger reptiles. Prazi-
quantel (8 mg/kg, subcutaneously, intramuscularly or per
os)31 effectively eliminates trematodes in reptiles, although
dosing is anecdotal. The oral administration of tetra-
chlorethylene (0.2 ml per kg of body weight by capsule)
has been reported to be an effective treatment for the
immature flukes in the intestine29. The drug is given four
days after feeding to avoid its absorption by residual fats in
the stomach. Because of the need for mollusk and tadpole
intermediate hosts, it is unlikely that the life cycles of these
flukes would be completed in the laboratory.

Public Health Considerations. Aspidogastrean
trematodes of reptiles do not pose a health risk to humans.



Gyrodactylus spp.
The morphology and biology of Gyrodactylus spp. are 
presented in Chapter 7, Parasites of Fishes. While Gyro-
dactylus spp. are important monogenean pathogens of
fishes, they are also commonly found on the skin, in the
oral cavity, and in the urinary bladder of aquatic turtles32.
Monogenean trematodes are not considered significant
parasites of turtles. In most cases, these organisms are inci-
dental findings. In the rare cases where heavy infestations
occur, mild, localized enteritis may occur at the sites of
attachment of the trematode hooks.

Monogenean infestations can be diagnosed cytologi-
cally. A skin scrape can be collected antemortem and
examined under light microscopy. Treatment is not gener-
ally warranted. However, if treatment is pursued, prazi-
quantel is the treatment of choice. Bathing an animal in a
10 mg/L water bath for three hours has been found to be
effective. Additional treatments may be required. Gyro-
dactylus may be excluded from the animal colony by only
accepting animals from approved, licensed breeders. New
arrivals should be quarantined and skin scrapes collected
to determine carrier status. Water samples can also be 
collected, centrifuged, the supernatant poured off, and the
sediment evaluated for the presence of free-swimming
gyrodactylids. These parasites do not affect humans.

Other Trematodes

Spirorchis spp.

Morphology. Taxonomists classify trematodes under dif-
ferent taxonomic schemes. Many consider the spirorchids
to be members of the order Strigeatida and family
Spirorchiidae. Adult spirorchids are thin, transparent,
measure 1 mm to 2 mm long, and do not possess a ventral
sucker (Figure 9.5)24,33. The esophagus is long and the
two ceca extend almost to the posterior end of the body.
The testes are arranged in a linear series anterior to the
ovary. The ovary and the genital pore are located near the
posterior end of the body. Vitellaria are follicular and
usually occupy all available space in the body not occupied
by reproductive organs, from the esophagus to beyond the
ends of the ceca. Eggs are large, measure 55 µ to 140 µ
long, and may or may not have an operculum.

Hosts. Species of this genus inhabit the cardio-
vascular system of turtles from North America27,33.
Spirorchis parvus and S. elephantis occur in painted turtles,
S. artericola and S. innominata infect pond turtles and
other turtles, and S. haematobium is found in the snapping
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turtle33–35. All are common. The prevalence of S. parvus
has been reported to be 18% in painted turtles obtained
from their natural habitat in the north central United
States33, while as many as 70% of snapping turtles from
the central Unites States have been found infected with
S. haematobium35.

Life Cycle. Adults of S. parvus occur in the mesen-
teric arterioles in the wall of the stomach and intestine33.
Adults of other species are found in the heart or in the
arteries of the lungs and other organs. Eggs are deposited
in the blood vessels, collect in the gut wall, pass into the
lumen, and are voided in the feces. Eggs hatch in water in
four to six days, and the miracidia penetrate a snail and
eventually develop into cercariae. The cercariae, when
released from the snail, penetrate the thin epithelial mem-
branes of a turtle, migrate through the tissues to the blood
vessels, and circulate until they reach the heart or arteries.
Once in the cardiovascular system of the reptile, these par-
asites become adults. The time of development in the snail
is about 18 days, while the time to maturity in the turtle is
about three months. Once the eggs are laid, it takes
approximately two weeks for them to reach the lumen of
the intestine.

Fig. 9.5 Spirorchis adult. Reproduced from Skrjabin, K.I. (1964) with
permission.



Pathologic Effects and Clinical Disease. Turtles
infected with Spirorchis spp. are frequently asymptomatic.
Spirorchis parvus cercariae cause irritation while entering
the turtle host. Ischemic necrosis is a common finding in
tissues when the trematode eggs lodge in the capillary
beds, and may lead to organ failure. In massive infections,
the fluke eggs can become lodged in the intestinal 
wall, forming granulomas. Inflammatory responses can 
be fatal33.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs on an antemortem fecal exam-
ination, or in the tissues at necropsy. Adult parasites may
also be identified in the blood vessels or heart at necropsy.
Ischemia may result in alterations in serum biochemistry
panels indicative of specific organ failure.

Treatment recommendations for spirorchids are
limited to treatment of sea turtles. Adnyana and cowork-
ers36 found that three treatments of praziquantel
(50 mg/kg) in one day effectively eliminated spirorchids in
naturally infected green sea turtles (Chelonia mydas).
Jacobson and coworkers37 also found praziquantel
(25 mg/kg, three times, using a three-hour dosing interval)
to be effective against spirorchids in loggerhead sea turtles
(Caretta caretta). Because of the need for a snail intermedi-
ate host, completion of the life cycle in the laboratory is
unlikely.

Public Health Considerations. Humans are not sus-
ceptible to infection with Spirorchis spp.

CESTODES

Diphyllobothrium erinacei

The morphology and biology of Diphyllobothrium erinacei
are discussed in Chapter 8, Parasites of Amphibians, and
Chapter 4, Biology of Cestodes. Diphyllobothrium erinacei
has been found in both snakes and turtles38. Snakes from
South America, Australia, and Eastern Asia commonly
serve as second intermediate or paratenic hosts after 
consuming infected amphibians13. Plerocercoid larvae
encysted in the muscle or subcutaneous tissues do not
appear to cause overt clinical disease. However, when the
larvae are encysted in the subcutaneous tissues, it may be
disconcerting to reptile handlers to observe the movement
of the parasites under the skin.

A tentative diagnosis is based on the demonstration of
the characteristic plerocercoid larva in the muscle at
necropsy or after surgical removal of subcutaneous larvae.
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Larvae located in the subcutaneous can generally be surgi-
cally removed using local anesthesia. An incision should be
made near the location of the parasite, and the worm
retrieved using thumb forceps. General anesthesia may be
required for animals requiring the removal of numerous
larvae. A definitive diagnosis requires the experimental
feeding of the immature parasite to a definitive host and
subsequent identification of the adult parasite.

Because the life cycle cannot be completed in the
absence of copepods or a mammal (e.g., definitive host),
routine sanitation prevents the spread of the infection in
the laboratory. Reptiles should not be offered wild-caught
larval amphibians. No treatment is known. Infected labo-
ratory reptiles are unlikely to be a public health hazard
because humans are infected only after ingesting uncooked
flesh from infected animals.

Spirometra mansonoides

Morphology and Hosts. Spirometra mansonoides is
biologically similar to Diphyllobothrium erinacei, but is
found in North America. The morphology and biology of
S. mansonoides is presented in Chapter 8, Parasites of
Amphibians, and Chapter 4, Biology of Cestodes.
Spirometra mansonoides has been reported in kingsnakes,
racers, water snakes, garter snakes, and turtles 39. In a
cross-sectional study of snakes from the south central
United States, S. mansonoides was found in 18% of the ani-
mals surveyed39. Thus, wild-caught snakes and turtles
from North America are commonly infected and should
be screened for these parasites during quarantine.

Life Cycle. The life cycle of S. mansonoides generally
includes both terrestrial and aquatic systems. Eggs are
passed in the feces of a definitive host (e.g., dog, cat, or
other carnivores), and hatch after reaching water. A cope-
pod ingests the coracidium, which develops into a procer-
coid larva in the invertebrate host38,39. Amphibians are
usually infected in the immature stage (e.g., frog tadpole,
newt larva) after ingesting the infected copepod. Adult
reptiles serve as secondary intermediate or paratenic hosts
and become infected after ingesting an infected immature
amphibian. The definitive host becomes infected after
ingesting an infected reptile.

Pathologic Effects and Clinical Disease. The
pathologic effects and clinical diseases caused by larval
S. mansonoides are similar to those of D. erinacei.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are similar to those
of D. erinacei.



NEMATODES

Superfamily Rhabditoidea

Morphology. Reptiles are known to harbor three important
genera of rhabditids: Entomelas, Rhabdias, and Strongy-
loides. Rhabdias spp. are characterized by a mouth that has
six insignificant lips, a short esophagus, a vulva near the
middle of the body, and a sharply tapered posterior
extremity that ends in a finely conical point. The major dif-
ference between Rhabdias and Entomelas is that Rhabdias
has a small buccal capsule, whereas that of Entomelas is
large. The size of adult Rhabdias spp can vary depending on
life stage. For example, parasitic adult stages of Rhabdias
agkistrodonis measure 4.1 mm to 6.4 mm, while sapro-
phytic forms measured �1.5 mm. Variability in length may
occur between species and genera, too. For example,
Entomelas ophisauri is slightly larger than R. agkistrodonis,
measuring 6.4 mm to 9.8 mm long, as well as being larger
than Entomelas dujardini, which measures 2.7 mm to
8.5 mm long.

Hosts. Rhabdias and Strongyloides primarily infect
snakes, with Rhabdias infecting the respiratory tract and
Strongyloides the intestinal tract. Entomelas primarily
infects the respiratory tract of lizards.

Life Cycle. The life cycles of the rhabditids of reptiles
are similar to those of other members of the superfamily. All
genera have two different life cycles: a free-living cycle and a
parthenogenic or parasitic cycle. In the case of Rhabdias and
Entomelas, the parthenogenic female releases eggs or larvae
in the lung. First-stage larvae migrate out of the lung via the
trachea and into the oral cavity, where they are either
swallowed and passed with the feces or released out of
the oral cavity. The larvae continue to develop, and it is the
third-stage larvae that are infective to reptiles. These larvae
can infect reptiles either through the oral cavity or by pene-
trating the integument. Strongyloides is shed via the feces.

Pathologic Effects. The pathologic lesions associated
with Rhabdias and Entomelas infections can be mild to
severe, depending on the density of parasites, general
health status of the host, and presence or absence of oppor-
tunistic infections. Animals that succumb to the infections
generally have a severe inflammatory response and pneu-
monia. Strongyloides infections can result in numerous
ulcerations in the intestine.

Clinical Disease. Reptiles infected with these para-
sites can be asymptomatic or develop severe clinical disease.
Snakes and lizards infected with Rhabdias and Entomelas
may present with open-mouth breathing, dyspnea, and
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collapse. In severe cases, the infections can be fatal. Snakes
with Strongyloides infections may present with diarrhea and
weight loss.

Diagnosis. Antemortem diagnosis of Rhabdias and
Entomelas is based on identification of the egg or rhabditi-
form larvae in the oral cavity or feces of snakes and lizards.
Postmortem diagnosis is based on identification of the
adult worms in the respiratory tract. Antemortem and
postmortem diagnoses for Strongyloides are based on the
identification of eggs/larvae or adult worms in the feces or
intestine, respectively.

Treatment and Prevention. Dosing regimens for reptil-
ian parasites are subjective. Fenbendazole (25 to 100 mg/kg)
and ivermectin (0.2 mg/kg) are generally considered the
most effective anthelminthics for nematodes, including
rhabditids. Recommended dosing frequencies vary, with
most redosing every 10 to14 days for two to three treatments.
Fenbendazole can also be administered over a three- to five-
day period and repeated in 14 days. All recently acquired rep-
tiles should be screened for rhabditids during quarantine.
Prophylactic treatment may be considered. Because these
parasites can infect reptiles percutaneously, it is important to
regularly remove and disinfect the substrate.

Public Health Considerations. Rhabditids of rep-
tiles do not infect humans.

Superfamily Oxyuroidea

Alaeuris spp. and Ozolaimus spp.

Morphology. Oxyurids, or pinworms, are small to
medium-size nematodes (2 mm to 7 mm in length), with a
mouth bearing three lips, an esophagus which terminates
in a bulb, and a simple intestine that lacks a diverticulum.
The males have spicules which are used as taxonomic keys.
Female pinworms have a posterior extremity that is conical
and pointed. The eggs are large and smooth.

Hosts. Oxyurid infections are common among
lizards and chelonians, especially herbivorous species. It is
common to visualize adult pinworms in the colon of her-
bivorous lizards or chelonians during exploratory surgery.
Pinworms are rarely observed in snakes, and have not been
reported in crocodilians. The two most common genera
found in captive reptiles are Alaeuris and Ozolaimus.

Life Cycle. The life cycles of parasites in the genera
Alaeuris and Ozolaimus are direct, with infection occurring
by ingestion of an embryonated egg40. The eggs hatch and
the larvae develop in the anterior intestine, but eventually
migrate to the large intestine.



Pathologic Effects and Clinical Disease. Many
authors consider pinworms that feed on digesta in the colon
of reptiles to be commensals41. In fact, reptiles with oxyurid
infections are generally asymptomatic. Pathologic changes
are rare, but possible. McGuire and coworkers42 reported
intestinal intussusception in a green iguana with a severe
oxyurid infection. The nematodes were found throughout
the alimentary tract from the stomach to the colon, and were
considered to play a role in the iguana’s condition.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is by identification of eggs or adult worms in the
feces. Postmortem diagnosis can be made based on identifica-
tion of adult worms in the alimentary tract. Infections can be
controlled with administration of fenbendazole (25 to 100
mg/kg orally for five days, repeated 10 and 20 days later).
Complete elimination of infection is often not possible. It is
advisable to use a low dosage of fenbendazole when treating
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entire colonies because toxicity is a rare but possible out-
come. Routine prophylactic treatment with anthelminthics
may be used to control pinworm infections in reptiles.

Public Health Considerations. Members of the gen-
era Alaeuris and Ozolaimus are not infective to humans.

Falcaustra spp.

Morphology. Adult Falcaustra spp. (Syn. Spironoura spp.)
measure 8 mm to 16 mm long and have an esophagus 
with a terminal bulb, a simple intestine without a divertic-
ulum, and a pointed posterior extremity in both sexes 
(Figure 9.6)26,43. The male has spicules of equal length and
a gubernaculum, but no caudal alae.

Hosts and Life Cycle. The genus includes some of
the most common intestinal nematodes found in turtles
from the United States27,44. Falcaustra affinis occurs in box
turtles, map turtles, spotted turtles, and Blanding’s turtles;

Fig. 9.6 Falcaustra (Spironoura). (A) Head, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. Reproduced from
Yorke, W. and Maplestone, P.A. (1926) with permission.



F. procera occurs in painted turtles, cooters, and sliders;
F. wardi occurs in map turtles and snapping turtles; and F.
chelydrae occurs in snapping turtles, red-eared turtles, and
other aquatic turtles. Infections are common, and have
been noted in 19% to 97% of turtles examined26,35. The
life cycle is unknown but is probably direct, with infection
occurring by ingestion of an embryonated egg43.

Pathologic Effects and Clinical Disease. Nothing is
known of the pathologic effects of the Falcaustra spp. In
captive situations it is possible that heavy burdens may
develop in closed systems, and that in these cases a mild
enteritis response occurs. However, infections are not
generally associated with clinical disease.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis is by identification of the eggs in the
feces, while postmortem diagnosis is by identification of
the parasite in the intestine. Because these parasites do not
generally cause disease, treatment is not necessary. If clini-
cal disease does occur, fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days) would be recom-
mended. Reptiles should be screened for infection with
Falcaustra during quarantine. To reduce the likelihood of
introducing the parasite, prophylactic treatment with fen-
bendazole can be considered.

Public Health Considerations. Humans are not sus-
ceptible to infection with Falcaustra spp.

Tachygonetria spp.

Morphology. Adults worms measure 1.5 mm to 4.6 mm
in length (Figure 9.7)43,45. They possess a mouth with six
small lips, a long esophagus with a terminal bulb, and a
simple intestine. The female has a short conical tail, and
the vulva is posterior to the middle of the body. The male
has a single, short spicule and a gubernaculum.

Hosts and Life Cycle. The genus includes the nema-
todes that are common to European and African tor-
toises27,46. Wild-caught tortoises are frequently infected,
often with several different species and hundreds of
worms46. The life cycle is direct, with infection by inges-
tion of an embryonated egg43,46.

Pathologic Effects and Clinical Disease. Although
heavy infections are common and usually cause no appar-
ent ill effects, intestinal impaction and death have been
reported47.

Diagnosis, Treatment, and Prevention. These
aspects are as described for Falcaustra spp.

Public Health Considerations. Tachygonetria is not
known to infect humans.
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Superfamily Strongyloidea

Diaphanocephalus spp. and Kalicephalus spp.

Morphology, Hosts, and Life Cycle. Diaphanocephalus
spp. and Kalicephalus spp. are hookworms inhabiting the
alimentary tracts of snakes, and less commonly, lizards.
Adult worms measure 7 mm to 9 mm long. The life cycles
are direct. Eggs are shed in the feces or can be expelled out
of the oral cavity if infections are located in the cranial ali-
mentary tract (e.g., esophagus).

Pathologic Effects and Clinical Disease. Susceptible
hosts become infected through ingestion or percutaneous
passage of larvae. These parasites ingest blood, and can cause
significant ulceration in the alimentary tract. Gastrointesti-
nal impactions may occur with heavy burdens. Reptiles may
be asymptomatic or develop severe gastrointestinal disease.
Anorexia, weight loss, anemia, intestinal impaction, and
diarrhea may occur. Severe infections can be fatal.

Diagnosis, Treatment, and Prevention. Ante-
mortem diagnosis of Kalicephalus and Diaphanocephalus is
by identification of the egg or adult worm in the feces or
oral cavity. Postmortem diagnosis is based on identifica-
tion of the adult worms in the intestinal tract.

Fig. 9.7 Tachygonetria longicollis. (Left) Male. (Right) Female.
Reproduced from Forstner, M.J. (1960) with permission.



Dosing regimens for reptilian parasites are subjective.
Fenbendazole (25 to 100 mg/kg) and ivermectin (0.2 mg/kg)
are generally considered the most effective anthelmintics
for nematodes. Recommended dosing frequencies are 
variable. Repeat treatments are often given every 10 to 14
days for two to three treatments. Fenbendazole can also be
dosed over a three- to five-day period and repeated in 14
days. All recently acquired reptiles should be screened for
hookworms while in quarantine. Prophylactic treatment
may be warranted. Because percutaneous transmission
occurs, it is important to regularly remove and disinfect
the substrate.

Public Health Considerations. Reptilian hook-
worms do not infect humans.

Superfamily Trichostrongyloidea

Oswaldocruzia spp.

Morphology. Adult Oswaldocruzia spp. are filiform worms
measuring 6 mm to 14 mm long26,43. The buccal cavity is
rudimentary or absent, the vulva of the female is in the pos-
terior half of the body, and the spicules of the male are short
and stout and end in a number of processes (Figure 9.8).

Hosts and Life Cycle. This relatively nonpathogenic
trichostrongylid nematode occurs in the intestine of rep-
tiles throughout the world. It is most common in turtles
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and occurs primarily in aquatic species48. The life cycle is
direct, with infection by ingestion of infective larvae43.

Pathologic Effects and Clinical Disease. Infections
are asymptomatic. While it is possible that extremely heavy
infections could lead to enteritis, such cases have not been
reported.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration and identification of the parasite in the
intestine at necropsy. Because these parasites do not gener-
ally cause disease, treatment is not necessary. In the research
setting however, it may be desirable to eliminate all
pathogens. In these cases, treatment may be administered as
described for strongylid infections. Reptiles should be
screened for infection during quarantine. Prophylactic
treatment can be administered to reduce the likelihood of
introducing the parasite.

Public Health Considerations. Oswaldocruzia does
not infect humans.

Superfamily Spiruroidea

Camallanus spp.

Morphology. Adults of Camallanus microcephalus and
C. trispinosus have a filiform body measuring 5 mm to
10 mm long, a slit-like mouth with two lateral chitinous
valves, and an esophagus comprised of a short anterior

Fig. 9.8 Oswaldocruzia. (Left) Anterior end, lateral view. (Right) Posterior end of male, dorsal view. Reproduced from Yorke, W. and Maplestone,
P.A. (1926) with permission.



muscular portion and a long posterior glandular portion
(Figure 9.9)43. The posterior extremity of the male is rolled
ventrally and bears small caudal alae, dissimilar and unequal
spicules, and no gubernaculum. The vulva of the female is
near the middle of the body.

Hosts. Camallanus microcephalus and C. trispinosus are
common gastric and duodenal worms of turtles from the
United States49,50. Camallanus microcephalus is common in
painted turtles, map turtles, Blanding’s turtles, and snapping
turtles. The prevalence of this parasite can be high in wild
populations, with as many as 54% of painted turtles in the
north central U.S. found to be positive and 83% of snap-
ping turtles from the south central U.S. found to be posi-
tive35,49. Camallanus trispinosus is common in painted
turtles, snapping turtles, and other turtles. Again, the preva-
lence of these parasites in wild turtles from the south central
U.S. can be very high (87% to 100%)26. Wild-caught turtles
acquired for the laboratory are likely to be positive50.

Life Cycle. The life cycle is indirect and requires a
copepod as a first intermediate host and sometimes an
amphibian or fish as a paratenic host51. The reptilian defin-
itive host is infected by ingestion of an infected copepod,
amphibian, or fish.

Pathologic Effects and Clinical Signs. Camallanus
spp. embed deeply in the stomach and duodenal wall and
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sometimes form abscesses. Heavy worm burdens could
result in gastric ulceration and bacteremia. Most infected
reptiles are asymptomatic. Animals with heavy burdens
may become anorexic, lose weight, and develop melena
and diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the identification of the eggs in the feces or the
adult parasite in the stomach or duodenum. Because of the
need for a copepod intermediate host, it is unlikely that
the life cycle would be completed in the laboratory, and no
special control procedures should be required. However,
treatment is warranted if newly acquired animals have heavy
burdens, and consists of fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days). Reptiles should be
screened for infection during quarantine.

Public Health Considerations. Camallanus spp. do
not infect humans.

Spiroxys contortus

Morphology. Spiroxys contortus is biologically similar to
Camallanus spp. Adults of S. contortus measure 15 mm to
30 mm long, and have a mouth with two large, distinctly
trilobed lips and an esophagus that has a short anterior
muscular portion and a longer posterior glandular portion
(Figure 9.10)43. The male has well-developed caudal alae,

Fig. 9.9 Camallanus. (Left) Anterior end, lateral view. (Right) Posterior end of male, lateral view. Reproduced from Yorke, W. and Maplestone, P.A.
(1926) with permission.



delicate and subequal spicules, and no gubernaculum. The
vulva of the female is near the middle of the body.

Hosts and Life Cycle. Spiroxys contortus is common
in the stomach and duodenum of painted turtles, map tur-
tles, and snapping turtles52. The prevalence of this parasite
in turtles from the south central U.S. is approximately
25% in painted turtles and 38% in snapping turtles26,35.
Wild caught turtles acquired for the laboratory are likely to
be positive50. The life cycle is similar to that described for
Camallanus.

Pathologic Effects and Clinical Disease. Pathologic
effects and clinical disease are as described for Camallanus.
Most infections are asymptomatic, but animals with heavy
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burdens may become anorexic, lose weight, and develop
melena and diarrhea.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are as described for
Camallanus.

Superfamily Filaroidea

Foleyella spp.

The morphology and biology of Foleyella spp. are pre-
sented in Chapter 8, Parasites of Amphibians. Foleyella are
primarily associated with infections of lacertid lizards and
Old World chameleons13. Foleyella furcata, F. brevicauda,

Fig. 9.10 Spiroxys contortus. (A) Anterior end, ventral view. (B) Anterior end, lateral view. (C) Posterior end of male, lateral view. (D) Posterior end
of male, ventral view. Reproduced from Yorke, W. and Maplestone, P.A. (1926) with permission.



and F. candezei are the filarids most often found in
chameleons53,54. Reptiles are infected when bitten by an
infected mosquito. Most infections are asymptomatic.
Heavy infections may result in anorexia, weight loss, weak-
ness, lethargy, and collapse. Heavy microfilarial burdens
could lead to thromboembolic disease. Diagnosis is by
identification of the adult worm in the body cavity or
microfilariae in the blood. No treatment has been
described. Adult worms may be removed surgically. Anti-
inflammatory drugs may minimize the likelihood of
thromboembolic disease. The life cycle is not easily com-
pleted in the animal facility environment because of the
lack of suitable arthropod intermediate hosts. Foleyella do
not infect humans.

ACANTHOCEPHALA

Neoechinorhynchus spp.

Morphology. Adults are small worms with cylindrical,
unspined, and usually curved bodies (Figure 9.11)55. Adult
males measure 4.7 mm to 26.4 mm long by 0.4 mm to
1.0 mm wide, depending on the species. Adult females
measure 7 mm to 39.2 mm long by 0.4 to 1.5 mm wide56,57.
The proboscis is short and globular and contains three
circles of six hooks each. Eggs are generally oval to elliptical
but vary greatly in size and shape, depending on the species.
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Hosts. Several species of Neoechinorhynchus occur in
the intestine of turtles from North America. Neoechi-
norhynchus emydis is found in map turtles, false map turtles,
Blanding’s turtles, and red-eared turtles49,56. Neoechi-
norhynchus pseudemydis occurs in painted turtles, Blanding’s
turtles, and red-eared turtles57,58. Neoechinorhynchus chryse-
mydis is found in painted turtles, red-eared turtles, and
other cooters and sliders57,58. Neoechinorhynchus emyditoides
occurs in painted turtles, Blanding’s turtles, and red-eared
turtles58. N. stunkardi occurs in false map turtles56. All are
common and likely to be encountered in laboratory turtles
obtained from their natural habitats.

Life Cycle. The life cycles of the North American
species are not completely known. Eggs passed in the feces
of a turtle hatch when ingested by an ostracod (a bivalved
arthropod), in which an unencysted immature worm
develops. Ostracods are ingested by snails, which in turn
are ingested by turtles59,60. It is uncertain whether snails
are obligatory or facultative intermediate hosts. Neoechi-
norhynchus rutili, which infects turtles in Europe, does not
require a snail intermediate host but is infective while in
the ostracod.

Pathologic Effects and Clinical Disease. Most
infections are asymptomatic. Heavy infections of 200 to
700 worms occur49,50,60. Worm populations may become
high enough to cause intestinal blockage, rupture, and
bacteremia26. The worms have a short proboscis and pene-
trate only the intestinal mucosa and a small amount of the
lamina propria61. Although they cause inflammation and
thickening of the mucosa49, tissue damage apparently is
not severe60. They have also been associated with benign
neoplastic lesions of the intestine49 and benign granulo-
matous lesions of the pancreatic duct50. When present,
clinical signs may include anorexia, regurgitation, listless-
ness, lethargy, weakness, diarrhea, an absence of feces, and
death from intestinal rupture.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs in the feces or adult parasite in
the intestine. Elimination of infection may be attempted
by the administration of fenbendazole (25 to 100 mg/kg
orally for five days, repeated in 10 days). However, there
are no entirely effective anthelmintic therapies for infec-
tions with acanthocephala. The requirements of the life
cycle generally preclude establishment within the environ-
ment of the animal facility. Animals should be screened for
infection upon arrival.

Public Health Considerations. Neoechinorhynchus is
not known to affect humans.

Fig. 9.11 Neoechinorhynchus male. Reproduced from Borradaile, L.A.
and Potts, F.A. (1958) with permission.



ARTHROPODS

Class Insecta

Order Diptera (flies)

Cistudinomyia cistudinis
Morphology. Larvae of Cistudinomyia cistudinis (Syn.
Sarcophaga cistudinis) are heavily spined (Figure 9.12). The
first instar measures about 2 mm long when newly
deposited and about 4 mm long at the time of molting.
The second instar measures 4 mm to 10 mm long and the
third instar measures 10 mm to 15 mm long. Adults are
typically sarcophagid and resemble the housefly.

Hosts and Life Cycle. Larvae of this sarcophagid fly
parasitize turtles and tortoises in the eastern and southern
United States62,63. The parasite affects several species of
land turtles, including box turtles (Terrapene spp.), painted
turtles (Trachemys scripta elegans), and gopher tortoises
(Gopherus polyphemus). Infection with larvae of this fly is
particularly common in the southeastern United States.
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A gravid female deposits first instar larvae in an open
wound, often in lesions produced by the gopher-tortoise
tick, Amblyomma tuberculatum63. Larval development
requires about 50 to 60 days, pupation takes 14 to 21 days,
and the entire life cycle requires 69 to 81 days.

Pathologic Effects and Clinical Disease. Cistudino-
myia cistudinis larvae cause a serious and sometimes fatal
myiasis in suitable hosts. Feeding larvae congregate in
closely packed groups with their posterior ends toward the
wound opening63. Larvae destroy tissue and produce a
fetid odor and a dark discharge from the wound. Oppor-
tunistic bacterial infections are common sequellae. Larval
invasion is usually contained by the formation of a fibrous
wall. Only occasionally is the infection heavy enough to
cause death63,64.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration of the characteristic larvae in the
wounds. Newly acquired animals should be examined and,
if infected, treated. Treatment requires removal of the mag-
gots and aggressive wound debridement47. This author
prefers to disinfect the wound with chlorhexidine or an
iodine solution, followed by a hypertonic solution (50%
dextrose) and saline. Systemic antibiotics should be given
for large, infected wounds. Ivermectin should not be used
to eliminate these maggots, because it can be fatal in
chelonians. Infection with C. cistudinis is unlikely to occur
in the laboratory setting. For outdoor facilities, proper fly
control prevents infection.

Public Health Considerations. Humans are not
suitable hosts for C. cistudinis.

Class Arachnida

Ticks

Reptiles may serve as hosts to a vast array of hard and soft
ticks. Only the most common are mentioned here.

Family Argasidae
Ornithodoros turicata, the relapsing fever tick (Figure 9.13),
is native to the United States and Mexico65. It is commonly
found on endothermic animals, and is usually uncommon
on ectotherms. However, heavy infections occasionally
occur on the box turtle in its natural habitat, and it was
reported to have become established in captive reptiles in
the United States65.

Adult and nymphal tick stages are considered most
important because they can actively feed on reptilian hosts,
for which they serve as vectors for bacteria, viruses, and

Fig. 9.12 Cistudinomyia cistudinis larvae. (A) First instar larva. (B) Sec-
ond instar larva and posterior spiracles. (C) Third instar larva and poste-
rior spiracles. Reproduced from Knipling, E.F. (1937) with permission.



protozoal infections. For the most part, individual ticks are
of little clinical significance. Ticks are generally located in
those areas where they can easily burrow, including the
conjunctiva, skin folds, gular area, and inguinal and 
axillary regions. Treatment consists of manual removal.
Provent-a-mite can be used topically to treat the reptile
and its environment. Reptiles should be closely inspected
during quarantine, and treated accordingly.

Ornithodoros turicata can transmit the agent of relaps-
ing fever in man, and may be a vector of Leptospira
pomona65. All ticks removed from reptiles should be con-
sidered potential vectors for zoonotic infectious diseases
and disposed of properly.

Family Ixodidae
Amblyomma spp. The morphology of Amblyomma spp.
is described in Chapter 6, Biology of Arthropods, and
Chapter 10, Parasites of Birds. Amblyomma tuberculatum,
the Gopher-tortoise tick (Figure 9.14), is one of the largest
of the reptilian ticks67. The male measures 6.2 mm long
by 5.5 mm wide. The unengorged female measures up to
7.5 mm long and 5.5 mm to 6 mm wide66. Engorged
females can attain a length of 18 mm to 24 mm.

Amblyomma dissimile, the iguana tick (Figure 9.14), is
native to the southeastern United States, Mexico, West
Indies, Central America, and South America. This tick is
commonly found on ectotherms (both reptiles and amphib-
ians) from these regions67. Although the principal host is the
iguana, gopher snakes, rattlesnakes, eastern fence lizards, and
several other reptiles are occasionally affected66,67. The larvae
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of Amblyomma tuberculatum occur on mammals and birds.
The adults and nymph occur almost exclusively on the
gopher tortoise (Gopherus polyphemus)66,67. Treatment and
prevention are as described for Ornithodoros, with the added
note that care must be taken to remove embedded mouth-
parts.

Hyalomma spp. Hyalomma aegyptium (Figure 9.15), is
commonly found on European chelonians, including
Greek tortoises and European pond terrapins47,68. It occurs
in southern Europe and southwestern Asia and, although
originally described from a tortoise in Egypt, may be
extinct in Africa69. Treatment and prevention are as
described for Amblyomma.

Mites

Suborder Mesostigmata
Entonyssus spp. and Entophionyssus spp. Entonyssid
mites are common parasites of the trachea and lungs of
snakes70. The genera most likely to be encountered in
laboratory snakes are Entonyssus and Entophionyssus (Figure
9.16). Although these parasites are frequently found in
snakes that have died of pulmonary disease, no evidence
exists of a causal relationship or the production of any
harmful effects by the mites.

Ophionyssus natricis
Morphology. Adult Ophionyssus natricis (Syn. Ophionyssus
serpentium, Serpenticola serpentium) measure 0.6 mm to
1.3 mm long (Figure 9.17)71,72. Unfed females are yellow-
brown in color, while engorged females are dark red or black.

Fig. 9.13 Ornithodoros turicata (Left) Adult male, dorsal view. (Right) Nymph, dorsal view. Courtesy of U.S. Department of Agriculture.
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Fig. 9.14 (A) Amblyomma male, dorsal view. (B) Scutum of A. dissimile female. (C) Scutum of A. dissimile male. (D) Scutum of A. tuberculatum
female. (E) Scutum of A. tuberculatum male. (A) courtesy of U.S. Department of Agriculture. (B),(C),(D), and (E) reproduced from Cooley, R.A.
and Kohls, G.M. (1944) with permission.

Fig. 9.15 Hyalomma aegyptium. (Left) Adult male, dorsal view. (Right) Adult female, dorsal view. Courtesy of H. Hoogstraal, U.S. Naval Medical
Research Unit.

Hosts and Life Cycle. This hematophagous mite is
the most common ectoparasite found on captive snakes73.
All snakes should be considered susceptible to infection.
Mites are found on the skin or under the scales. Lizards can
also be infested73. Although common in captivity, it is

seldom found on wild specimens. Female mites take a
blood meal and then leave the host to deposit her eggs in
the cage crevices or substrate72. The eggs hatch in one 
to four days, and the parasite goes through larval
protonymphal and deutonymphal stages before reaching
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Fig. 9.16 Entonyssid mites. (Left) Entonyssus colubri female, ventral view. (Right) Entophionyssus glasmacheri female, ventral view. Reproduced from
Fain, A. (1961) with permission.

Fig. 9.17 Ophionyssus natricis. (Left) Male, ventral view. (Right) Female, ventral view. Reproduced from Reichenbach-Klinke, H. and Elkan, E.
(1965) with permission.



the adult stage. Larvae do not feed, but nymphs must
feed before molting to the next stage. The entire life cycle
requires 13 to 19 days. Some mites live as long as 40 days.
The source of infection is usually infested animals that
have been added to a colony without quarantine or
treatment.

Pathologic Effects. The number of mites that present
on captive snakes can vary from a few to hundreds. Infesta-
tions may become generalized, with mites feeding between
scales over the entire body or focal, with mites found near
the eyes and the gular fold74. Heavy infestations are charac-
terized by irritation, severe anemia, and death. Ophionyssus
natricis is a mechanical vector of Aeromonas hydrophila, an
important bacterial pathogen of snakes75, and has been
implicated in the transmission of inclusion body disease, a
potentially devastating viral disease of snakes.

Clinical Disease. Snakes infested with mites may
appear listless, irritated, and lethargic. It is not uncommon
for mite-infested snakes to produce serial sheds in an
attempt to rid their body of the mites. Affected snakes may
also be found regularly soaking in water in an attempt to
obtain some relief.

Diagnosis. Infestation with O. natricis is often first
recognized by the appearance of small white deposits 
of mite feces on the body. Clinical signs aid in diagnosis73.
Definitive diagnosis is by identification of the mite. 
A cotton-tipped applicator soaked in mineral oil can 
be used to collect mites from the snake for microscopic
examination.

Treatment. Newly acquired snakes should be carefully
inspected and, if infested, isolated, treated, and placed in
clean, sterilized cages. Affected animals can be soaked
in lukewarm water daily to drown mites. Ivermectin
(0.2 mg/kg, repeated in two weeks for three treatments) can
be used to treat mites on the snakes, but provides no effect
on larval stages. Provent-a-mite (0.5% permethrin)(Pro
Products Mahopac, NY) has excellent efficacy against mites
on snakes and mites in the environment.

In addition to treating with Provent-a-mite, the
enclosure substrate should be replaced daily. The author
prefers to use newspaper or paper towels because of the
ease of daily replacement.

Biological control methods using predatory mites
(Hypoaspis sp.) can also be used. These mites seek out and
prey on Ophionyssus. Once the predatory mites have 
contained the snake mite infestation, they may feed on
detritus in the vivarium or simply expire.
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Prevention. Preventing the introduction of Ophionyssus
into a snake colony is critical, and can be accomplished using
strict hygiene and quarantine procedures. Prophylactic
spraying of newly acquired snakes with Provent-a-mite prior
to entering and exiting quarantine is highly recommended.

Public Health Considerations. Infestation of labora-
tory personnel has been reported71.

Suborder Prostigmata
Trombiculids Morphology. Often classified as “chigger
mites,” these six-legged mites are common on wild reptiles
from North America and farm-raised iguanas from Central
and South America. These mites often have a red to orange
color, and are similar in size to Ophionyssus mites.

Hosts. Important genera include Eutrombicula,
Hirstiella, and Neotrombicula. Larvae are often found on
reptiles and sometimes on amphibians obtained from their
natural habitats71. The most common species found on
North American reptiles is E. alfreddugesi, the common
chigger (Figure 9.18)76. It is prevalent throughout the
Western Hemisphere and has been reported to affect box
turtles, other turtles, racers, hognose snakes, kingsnakes,
garter snakes, other snakes, and lizards77,78. Another com-
mon species found in the southeastern United States is 
E. splendens, which infests snakes and lizards. Hirstiella is
the most common genus isolated from green iguanas in
Central America. The common harvest mite of Europe, 
N. autumnalis, also parasitizes reptiles and has been found
on the viviparous lizard and possibly on snakes78.

Life Cycle. The life cycle is typical of Trombiculid
mites. Only the larvae are parasitic. Nymphs and adults are
free-living. Larvae feed to engorgement. The life cycle has
not been completed in the laboratory.

Pathologic Effects and Clinical Disease. Mites are
generally found in the skin folds surrounding the axillary
and inguinal regions, although infestations may become
generalized. The pathologic effects and clinical presenta-
tion are similar to those of O. natricis.

Diagnosis, Treatment, and Prevention. Infestation
with chigger mites is often first recognized by the appear-
ance of clusters of red-orange mites. A cotton-tipped appli-
cator soaked in mineral oil or thumb forceps can be used
to collect mites for microscopic examination. Recommen-
dations for treatment and prevention of mite infestation
are as described for Ophionyssus.

Public Health Considerations. Trombiculids cause
severe dermatitis in humans. Infested laboratory animals



are not considered a major risk for human infestation
because larvae feed only once, and the life cycle has not
been completed in the laboratory.

Class Pentastomida

Morphology. Adult pentastomes are vermiform arthro-
pods common in tropical snakes and lizards.

Hosts. Snakes and lizards commonly serve as hosts to
a variety of pentastomes. Among the most important gen-
era are Armillifer, Kiricephalus, Porocephalus, Raillietiella,
and Sebekia.

Armillifer spp. has been found in vipers and African
pythons (Python sebae). Kiricephalus spp. are generally
associated with non-venomous snakes. Kiricephalus coarc-
tatus is common in North, Central, and South American
colubrid snakes79. Immature stages are found in the subcu-
taneous muscles of racers, rat snakes, garter snakes, and
other snakes. Adults occur in the lungs of rat snakes, garter
snakes, and other snakes. Kiricephalus pattoni occurs in
colubrid and boid snakes from Asia, Indonesia, Australia,
and Madagascar80. Immature stages have been found in
the subcutaneous tissues or the stomach wall of snakes81.
Adults occur in the lungs of racers and other snakes.

Adults of the genus Porocephalus (Figure 9.19) occur
in the lungs of crotalid, boid, and some colubrid snakes in
North and South America and Africa80,81. Porocephalus
crotali is particularly common in rattlesnakes (Crotalus
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spp.) in the United States. Prevalence rates have been
estimated to be 	50% in some areas82. Although
Porocephalus is uncommon in laboratory snakes, members
of the genus are important because immature stages occur
in certain laboratory rodents and primates. These are
discussed in the chapters covering those host species.

Raillietiella has a cosmopolitan distribution among
lizards and snakes80,81. Only one species, Raillietiella
bicaudata, occurs in North America. It is found in the
lungs of rat snakes and other snakes81. The most common
species from Europe, R. orientalis, occurs in the lungs of
racers, rat snakes, and other snakes81. Raillietiella boulen-
geri is the most common species in Africa81. Immature
stages of this species are found in various tissues of snakes
and lizards, and adults occur in colubrid, boid, viperid,
and other snakes83. Only one species, R. furcocerca, occurs
in South America81. Larvae and nymphs of this species are
found in various tissues of racers and rat snakes, and adults
occur in the lungs of colubrid, boid, crotalid, and other
snakes. Sebekia spp. are primarily found in crocodilians.
Adults of S. oxycephala occur in the lungs, trachea, and
pharynx of crocodiles, alligators, and spectacled caimans in
North and South America80,81. Immature stages are fre-
quently encountered in hognose snakes and occasionally in
lizards. They also occur in fishes51.

Life Cycle. Adult pentastomes usually live in the
lungs, bronchi, trachea, pharynx, and oral or coelomic cav-
ities. Larvae and nymphs occur in the lungs or other

Fig. 9.18 Eutrombicula alfreddugesi. (Left) Adult female, dorsal view. (Right) Larva, dorsal view. Reproduced from Ewing, H.E. (1929) with permission.



organs and tissues. Eggs shed by the adult stage are
coughed up, swallowed, and passed with the feces. The
eggs are ingested by an intermediate host, where they
develop into infective nymphs. The life cycle is continued
after a reptile consumes an infected intermediate host.
Once ingested, the infective larva penetrates the intestinal
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wall and migrates to specific locations in the body, depend-
ing on parasite species, where it develops into an adult.

Pathologic Effects and Clinical Disease. The majority
of the pathology associated with pentastomid infections is
localized. Commonly there is localized inflammation at the
site of attachment of the adult stages. Larval stages can also
induce pathologic changes during the migration from the
intestines to the site of adult development. Most cases are
asymptomatic. Respiratory distress and dyspnea occur with
heavy burdens. The most severe clinical disease occurs in
crocodilians, where pulmonary changes can be more severe.

Diagnosis. Antemortem diagnosis is by finding pen-
tastomid eggs on fecal flotation or by endoscopic examina-
tion of the respiratory tract and visualization of adult
worms. Postmortem diagnosis can be made from the
demonstration of the adult worms at the time of gross
necropsy, or by histologic evidence of migrating larvae
from the intestine.

Treatment. Ivermectin (0.2 to 1.0 mg/kg, repeated in
two and four weeks) may be used to reduce egg production
by pentastomids, but may not be eliminate the infection.
Anthelmintic treatment may secondarily result in throm-
boembolic disease if the adult parasites succumb to the
treatment, though this sequella appears to be rare. Adult
worms can also be removed endoscopically.

Prevention. Reptiles should be screened for patent
pentastome infections during quarantine. Laboratory
reptiles represent “dead end” hosts because the life cycle
cannot be completed without suitable intermediate hosts.

Public Health Considerations. Humans can become
incidentally infected with pentastomids.

Fig. 9.19 Porocephalus females. Reproduced from Fain, A. (1961)
with permission.



TABLE 9.1 Parasites of reptiles—circulatory/lymphatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Trypanosoma North America Turtle Blood Leech transmission None 100
chrysemydis

Trypanosoma North America Garter snakes Blood Probably bite of Unknown 101
thamnophis arthropod

Coccidia

Haemogregarina North America Snakes Blood Leech transmission Anemia 15, 98
spp.

Haemogregarina Europe Tortoises Blood Leech or tick transmission Anemia 98
ibera

Haemogregarina Europe, North America Turtles Blood Leech or tick transmission Anemia 16, 98
stepanowi

Hepatozoon Africa, Europe Tortoises Blood Ingestion of tick None 99
mauritanicum

Karyolysus Europe Lizards Blood Ingestion of mite None 103
lacertae

Plasmodium Central and Anoles, spiny Blood Bite of bloodsucking Heavy infections 102
floridense North America lizards arthropod sometimes cause death

Plasmodium North America Spiny lizards Blood Bite of sandfly None 104
mexicanum

Tunetella emydis Europe Pond turtles Blood Bite of bloodsucking None 71
arthropod

Trematodes

Spirorchis spp. North America Turtles Heart, blood vessels Penetration of skin by  Massive infections  27, 105
cercaria released from snail probably cause death
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TABLE 9.2 Parasites of reptiles—enterohepatic system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Flagellates

Chilomastix bursa North America Lizards Intestine Ingestion of organism None 108
passed in feces

Chilomastix sp. North America Tortoises, turtles Intestine Ingestion of organism None 84
passed in feces

Giardia sp. Europe, North America European pond Small intestine Ingestion of organism None 1
terrapins, snakes passed in feces

Greponemas spp. North America Turtles Intestine Ingestion of organism None 84
passed in feces

Hexamastix spp. North America Lizards Intestine Ingestion of organism None 108
passed in feces

Hexamita natrix Asia Water snakes Stomach, small intestine Ingestion of organism None 84
passed in feces

Hexamita parvus Worldwide Turtles Large intestine Ingestion of organism None 85
passed in feces

Hypotrichomonas acosta Worldwide Snakes, lizards Large intestine Ingestion of organism None 109
passed in feces

Leishmania chamaeleonis Africa Chameleons Intestine Probably by ingestion None 84
of invertebrate

Leishmania spp. Western US Desert night lizards Intestine Probably by ingestion None 110
of invertebrate

Monocercomonas spp. Worldwide Snakes, lizards Intestine Ingestion of organism None 111
passed in feces

Monocercomonoides Asia, North America Snakes, lizards Intestine Ingestion of organism None 112
lacertae passed in feces

Octomitus spp. Worldwide Lizards Large intestine Ingestion of organism None 113
passed in feces

Proteromonas Worldwide Lizards, snakes Rectum Ingestion of organism None 112
lacertaeviridis passed in feces

Proteromonas regnardi Europe European pond Rectum Ingestion of organism None 114
terrapins passed in feces

Retortamonas saurarum Europe, North America Snakes, lizards Intestine Ingestion of organism None 112
passed in feces

Retortamonas spp. South America Tortoises Intestine Ingestion of organism None 112
passed in feces

Tritrichomonas North America, West Indies Green anoles Intestine Ingestion of organism None 86
nonconforma passed in feces

Amoebae

Endolimax clevelandi North America Turtles Intestine Ingestion of organism None 116
passed in feces

Entamoeba barreti North America Snapping turtles Intestine Ingestion of organism Unknown 9
passed in feces
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Entamoeba invadens Worldwide Snakes, lizards, Intestine, stomach, Igestion of organism Gastrointestinal 
turtles liver passed in feces ulceration, hepatitis 87

Entamoeba terrapinae North America Red-eared turtles Intestine Ingestion of organism None 9
passed in feces

Entamoeba testudinis Europe, North America Turtles Intestine Ingestion of organism None 9
passed in feces

Entamoeba spp. Great Britain, Garter snakes Intestine Ingestion of organism None 1
North America passed in feces

Vahlkampfia dobelli Europe Lizards Intestine Ingestion of organism None 71
passed in feces

Vahlkampfia reynoldsi North America Eastern fence lizards Intestine Ingestion of organism None 116
passed in feces

Coccidia

Caryospora spp. Americas Snakes Intestine Ingestion of oocyst None 117
passed in feces or tissue
forms in mice

Caryospora simplex Europe Snakes Intestine Ingestion of oocyst passed None 118
in feces or tissue forms 
in mice

Cryptosporidium Worldwide Lizards Intestine Ingestion of sporulated Enteritis 88
saurophilum oocyst

Cryptosporidium Worldwide Snakes Stomach Ingestion of sporulated Gastritis 88
serpentis oocyst

Eimeria crocodyli Central America American crocodiles Intestine Ingestion of sporulated None 91
oocyst

Eimeria spp. Worldwide Lizards Intestine Ingestion of sporulated None 89
oocyst

Eimeria spp. Worldwide Snakes Gallbladder, bile duct, Ingestion of sporulated None 90
intestine oocyst

Eimeria spp. Europe Tortoises Intestine Ingestion of sporulated None 95
oocyst

Eimeria spp. Worldwide Turtles Intestine Ingestion of sporulated None 92, 93, 94
oocyst

Isospora spp. Worldwide Snakes Intestine Ingestion of sporulated None 96
oocyst

Sarcocystis lacertae Europe Snakes Intestine Ingestion of intermediate None 149
host (lizard)

Myxozoa

Myxidium chelonarum North America Turtles Bile duct, gallbladder Probably by ingestion of None 97
organism passed in feces
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TABLE 9.2 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Ciliates

Balantidium spp. Worldwide Tortoises, turtles, Intestine Ingestion of organism None 119
lizards passed in feces

Nyctotheroides spp. Worldwide Tortoises, turtles, Intestine Ingestion of organism None 119
lizards passed in feces

Trematodes

Monogenetic and Aspidobothretic

Aspidogaster conchicola Worldwide Turtles Stomach, intestine Ingestion of infected clam None 120
Cotylaspis cokeri North America Turtles Stomach, intestine Ingestion of infected clam None 71
Cotylaspis spp. Asia Turtles Stomach, intestine Ingestion of infected clam None 121
Cotylaspis stunkardi North America Snapping turtles Stomach, intestine Ingestion of infected clam None 71
Gyrodactylus spp. Worldwide Turtles Oral cavity (also skin, Direct contact Enteritis 32

urinary bladder)
Polystomoides spp. Asia, North America Turtles Mouth Direct contact None 122

Adult Digenetic

Allassostoma magnum North America Turtles Large intestine Ingestion of metacercaria None 123
Allassostomoides spp. North America Turtles, frogs Colon (also found in Ingestion of metacercaria None 124

urinary bladder, 
cloaca)

Encyclometra Asia, Europe Snakes Intestine Ingestion of frog tadpole None 125
colubrimurorum

Leptophallus Africa, Europe Snakes, lizards Esophagus, intestine Ingestion of second Esophagitis, enteritis 126
nigrovenosus intermediate host 

(arthropod)
Microphallus spp. North America Turtles Intestine Ingestion of second None 49

intermediate host 
(crustacean)

Paradistomum mutabile Asia, Europe Lizards Gallbladder Ingestion of second Cholecystitis 127
intermediate host 
(arthropod)

Protenes chapmani North America Red-eared turtles Intestine Ingestion of second None 128
intermediate host 
(arthropod)

Telorchis spp. North America Turtles, snakes Intestine Ingestion of second None 129
intermediate host 
(arthropod)

Larval digenetic
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Platynosomum fastosum Americas Anoles, cats Bile duct Ingestion of isopod None 130

Cestodes

Acanthotaenia spp. Africa Reptiles Small intestine Ingestion of Inflammation at site 149
intermediate host of attachment

Baerietta spp. Australia Lizards Small intestine Ingestion of None 154
intermediate host

Crepidobothrium spp. South America Snakes Small intestine Ingestion of Inflammation at site 150
intermediate host of attachment

Ophiotaenia spp. Africa, North America Snakes, turtles Small intestine Ingestion of Inflammation at site 151, 152
intermediate host of attachment

Oochoristica spp. North America Anoles, snakes, Intestine Ingestion of None 131, 132
lizards, turtles intermediate host

Proteocephalus testudo North America Turtles Intestine Ingestion of Inflammation at site 133
intermediate host of attachment

Proteocephalus spp. South America Lizards, snakes Intestine Ingestion of Inflammation at site 153
intermediate host of attachment

Nematodes

Rhabditoidea

Strongyloides spp. Worldwide Snakes Esophagus, Intestine Ingestion of infective Enteritis 136
larva or penetration 
of skin by larva

Ascaridoidea

Ophidascaris North America Snakes Stomach Ingestion of intermediate Gastritis 138
labiatopapillosa host (amphibian)

Strongyloidea

Atractis carolinea North America, Carribean Box turtles, anoles Intestine Ingestion of infective larva None 137
Atractis dactyluris Europe, northern Africa Tortoises Large intestine Ingestion of infective larva None 137
Diaphanocephalus spp. South America Snakes Stomach, intestine Probably by ingestion Gastroenteritis, anemia 137

of arthropod
Kalicephalus spp. North America Snakes Stomach, intestine Probably by ingestion Gastroenteritis, anemia 137

of arthropod

Oxyuroidea

Alaeuris spp. Worldwide Lizards, tortoises, Large intestine Ingestion of Potential 141
turtles embryonated egg intussusception

Falcaustra spp. Americas Turtles Large intestine Ingestion of None 44, 137
embryonated egg

Ozolaimus spp. Worldwide Lizards, tortoises, Large intestine Ingestion of Potential 141
turtles embryonated egg intussusception

Tachygonetria spp. Worldwide Tortoises Large intestine Ingestion of Intestinal obstruction 139
embryonated egg
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TABLE 9.2 (continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Trichostrongyloidea

Oswaldocruzia spp. Worldwide Reptiles Intestine Ingestion of infective larvae None 141

Spiruroidea

Camallanus microcephalus, North America Turtles, frogs Stomach, duodenum Ingestion of copepod Gastritis, enteritis 49, 50
C. trispinosus

Spiroxys contortus Africa, Europe, Turtles Stomach, duodenum Ingestion of copepod Gastritis, enteritis 35
North America

Trichuroidea

Capillaria serpentina North America Turtles Intestine Ingestion of embryonated None 142
egg or earthworm

Capillaria spp. Worldwide Snakes Intestine Ingestion of embryonated None 143
egg or earthworm

Acanthocephalans

Neoechinorhynchus spp. Europe, North America Turtles Intestine Ingestion of first Intestinal obstruction 144
intermediate host 
(ostracod) or second 
intermediate host (snail)

Arachnida

Mites

Prostigmates

Caminacarus spp. Israel, North America Pond turtles Rectum Direct contact None 145
Chelonacarus spp. Asia, North America Turtles Rectum Direct contact None 146
Theodoracarus Israel Tortoises Rectum (also found Direct contact None 147

testudinis in muscle)

Pentastomids

Subtriquetra shipleyi Asia Crocodilians Pharynx Ingestion of intermediate None 148
host (fish)

Subtriquetra subtriquetra Africa, South America Crocodilians Mouth, pharynx Ingestion of intermediate None 148
host (fish)
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TABLE 9.3 Parasites of reptiles—skin and connective tissue and musculoskeletal system.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Coccidia

Sarcocystis lacertae Europe Lizards Muscle Ingestion of sporocysts None 149
from definitive host 
(snake)

Nematodes

Dracunculoidea

Chelonidracunculus North America Snapping turtles Body cavity Ingestion of intermediate None 137
globocephalus host (copepod)

Ophiodracunculus North America Garter snakes Subcutis or body cavity Ingestion of intermediate None 137
ophidensis host (copepod)

Filaroidea

Foleyella spp. Worldwide Lizards Subcutaneous tissue, Mosquito transmission Debilitation 150
abdominal cavity

Cestodes

Larval

Diphyllobothrium erinacei Asia, Australia, Snakes, turtles Subcutaneous tissues Ingestion of first None 38
South America intermediate host

(amphibians)
Spirometra mansonoides North America Snakes, turtles Subcutaneous tissues Ingestion of first None 39

intermediate host 
(amphibians)

Leeches

Actinobdella annectens North America Snapping turtles Skin Direct contact None 71
Ozobranchus branchiatus North America Green turtles Skin of neck, eyelids Direct contact Associated with 151

skin tumors

Diptera (flies)

Anolisimyia blakeae North America Green anoles Skin Eggs deposited  Myiasis 152
(Sarcophagidae) by female fly

Calliphoridae Europe Tortoises, turtles Skin wounds Eggs deposited Myiasis 71
by female fly

Cistudinomyia cistudinis North America Turtles, gopher Skin wounds Eggs deposited Myiasis 63
(Sarcophagidae) tortoises (Gopherus by female fly

polyphemus)
Ceratopogonidae Worldwide Reptiles Skin Direct contact Irritation, pathogen 153

(midges) transmission
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TABLE 9.3 (Continued)

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Culicidae (mosquitoes) Worldwide Reptiles Skin Direct contact Irritation, pathogen 154
transmission

Psychodidae (sand flies) Worldwide Reptiles Skin Direct contact Pathogen transmission 155

Arachnida

Ticks (Hard)

Amblyomma testudinis South America Reptiles Skin Direct contact Probably causes irritation 164
Amblyomma North America Gopher tortoises Skin Direct contact Irritation, pathogen 165

tuberculatum (Gopherus transmission
polyphemus), box 
turtles, Eastern 
fence lizards

Amblyomma spp. Africa, Americas Reptiles Skin Direct contact Irritation, pathogen 166
transmission

Aponomma elaphense North America Rat snakes Skin Direct contact Irritation, pathogen 167
transmission

Aponomma spp. Africa Reptiles Skin Direct contact Irritation, pathogen 166
transmission

Haemaphysalis concinna Asia, Europe Reptiles Skin Direct contact Irritation, pathogen 168
transmission

Haemaphysalis punctata Africa, Asia, Europe Lizards, snakes, Skin Direct contact Irritation, pathogen 169
mammals transmission

Hyalomma aegyptium Asia, Europe Tortoises, turtles, Skin Direct contact Irritation, pathogen 170
lizards transmission

Ixodes pacificus North America Garter snakes, lizards Skin Direct contact Irritation, pathogen 171
transmission

Ixodes ricinus Europe Lizards Skin Irritation, pathogen 172
transmission

Ticks (Soft)

Ornithodoros moubata Southern Africa Tortoises Skin Direct contact Irritation, pathogen tr 69
complex tra nsmission

Ornithodoros turicata North America Box turtles, gopher Skin Direct contact Irritation, pathogen 65
tortoises (Gopherus transmission
polyphemus),
rattlesnakes
(Crotalus)

Mites

Mesostigmata

Asiatolaelaps spp. Asia Snakes Skin Direct contact None 157
Haemilaelaps spp. Worldwide Snakes Skin Direct contact None 157
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Ixobiodes butantanensis South America Colubrid snakes Skin Direct contact None 157
Ixodorhynchus spp. Asia, North America Snakes Skin Direct contact None 157, 158
Neoliponyssus spp. Asia, Europe Lizards Skin Direct contact None 156
Ophionyssus natricis Worldwide Snakes, lizards Skin Direct contact Irritation, anemia, 74

mechanical vector of 
Aeromonas hydrophila

Strandtibbettsia gordoni Asia Water snakes Skin Direct contact None 157

Prostigmata

Eutrombicula hirsti Asia Snakes Skin Direct contact None 71, 78
Eutrombicula insularis West Indies Anoles Skin Direct contact None 71
Geckobiella texana North America Lizards Skin Direct contact None 159
Hirstiella spp. North America Lizards Skin Direct contact None 160
Neotrombicula spp. Worldwide Lizards Skin Direct contact None 78, 161
Ophioptes spp. Americas Snakes Skin Direct contact None 162
Trombicula hasei Europe Lizards Skin Direct contact None 163
Trombicula agamae Asia Starred lizards Skin Direct contact None 71

(Agamo stellio)
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TABLE 9.4 Parasites of reptiles—respiratory, nervous, and urogenital systems.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Reference

Myxozoa

Myxidium americanum North America Softshell turtles Kidneys Ingestion of organism None 97
passed in urine

Trematodes

Monogenetic and Aspidobothretic

Polystomoides spp. Asia, Europe, North America Turtles Urinary bladder Direct contact None 174

Adult digenetic

Dasymetra conferta North America Water snakes Lungs (also found in Ingestion of second Pneumonitis 175
mouth, esophagus, intermediate host 
intestine) (frog tadpole)

Heronimus chelydrae North America Turtles Lungs Ingestion of intermediate None 176
host (snail)

Lechriorchis spp. North America Garter snakes Lungs (also found in Ingestion of second Pneumonitis 177
mouth, esophagus, intermediate host (frog 
intestine) tadpole)

Ochetosoma spp. North America Snakes Lungs (also found in Ingestion of second Pneumonitis 178
mouth, esophagus, intermediate host 
intestine) (frog tadpole)

Zeugorchis spp. North America Garter snakes Lungs (also found in Ingestion of second Pneumonitis 175
mouth, esophagus, intermediate host 
intestine) (frog tadpole)

Larval digenetic

Alaria marcianae North America Snakes, frogs, birds Subcutaneous tissues Ingestion of intermediate None 85, 113
(Paratenic hosts) host (frog tadpole)

Nematodes

Rhabditoidea

Entomelas spp. Europe Lizards Lungs Ingestion of infective larva Pneumonitis 134
or penetration of skin 
by larva

Rhabdias spp. Worldwide Snakes, anoles, Lungs Ingestion of infective larva Pneumonitis 135
chameleons or penetration of skin 

by larva
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Arachnida

Mites

Mesostigmata

Entonyssus spp. Asia, North America Snakes Trachea, lungs Direct contact None 70
Viperacarus europaeus Europe European vipers Trachea, lungs Direct contact None 70

Pentastomids

Alofia spp. Africa, Asia, South America Crocodilians Lungs, trachea Ingestion of intermediate None 80, 179
or paratenic host

Armillifer armillatus Africa Snakes Lungs, trachea Ingestion of intermediate Usually none 173
host (primates, rodents, 
others)

Armillifer moniliformis Africa, Asia, Australia Snakes Lungs, trachea Ingestion of intermediate Usually none 81
host (rodents)

Kiricephalus spp. Worldwide Snakes Lungs, subcutaneous Ingestion of intermediate Usually none 180
tissues, stomach wall or paratenic host

Leiperia cincinnalis Africa Nile crocodiles Lungs (also found in Ingestion of intermediate Usually none 181
heart, aorta) or paratenic host

Leiperia gracilis South America Crocodilians Lungs Ingestion of intermediate Usually none 106
or paratenic host

Porocephalus spp. Africa, Americas Snakes Lungs, subcutaneous Ingestion of intermediate None 81
tissues or paratenic host

Raillietiella spp. Worldwide Snakes Lungs Ingestion of intermediate None 81, 83
or paratenic host

Sebekia spp. Americas, Asia, Crocodilians Lungs Ingestion of intermediate None 80
South America or paratenic host

Subtriquetra Africa Crocodiles Cephalic tissues Ingestion of intermediate None 80
megacephala or paratenic host

Waddycephalus Asia, Australia Snakes Lungs Ingestion of intermediate None 81
teretiusculus or paratenic host
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INTRODUCTION

Several species of birds are used as subjects in biomedical
research. Many of these, especially those collected from the
wild, are infected or infested with parasites. This chapter
covers the major parasites in those orders of birds com-
monly housed in laboratory settings. These include birds
in the following orders: Galliformes (chickens, turkeys,
and related species), Anseriformes (waterfowl), Passeri-
formes (perching songbirds), Columbiformes (pigeons,
doves, and related species), and Psittaciformes (parrots and
related species).

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (Flagellates)

Chilomastix gallinarum
Morphology. Chilomastix gallinarum is pear- or carrot-
shaped and measures 11 µ to 20 µ long by 5 µ to 12 µ
wide1. It is a cyst-forming flagellate with a large, 8-shaped
cytostomal cleft and lacks an undulating membrane1,2.
Cysts are lemon-shaped and measure 7 µ to 9 µ long by 4 µ
to 6 µ wide, and have a single nucleus1.

Hosts and Life Cycle. Chilomastix gallinarum has
been reported in the ceca of Galliformes (chickens,
turkeys, pheasants, quail, chukar partridges) and Anseri-
formes (ducks and geese)3,4. In one study, up to 40% of
chickens surveyed in the eastern U.S. harbored C. galli-
narum3. The life cycle is direct. Multiplication is via binary
fission. Transmission is via ingestion.

Pathologic Effects and Clinical Disease. While
some report that C. gallinarum is nonpathogenic2, in
quail, gross lesions include distension of the lower diges-
tive tract. The contents are green, watery, and foamy.
Microscopic examination demonstrated superficial necro-
sis of the intestinal mucosal5. Birds with C. gallinarum
infection have watery, foamy, and/or bloody feces in the
absence of other detectable pathogens6.

Diagnosis. Diagnosis requires fresh, warm feces.
Detection is not possible with refrigerated feces or dead
carcasses6.

Treatment. Metronidizole (100 mg/kg body weight
[BW] daily for five days) improved growth of experimen-
tally infected chickens, but did not eliminate the parasite6.
However, Spartrix (carnidazole; 3 tablets/kg BW for two
consecutive days) given to individually caged birds
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eliminated the infection. Fecal consistency and frequency
returned to normal6.

Prevention. It was recommended that nitroimidazole
be added to the food for at least three weeks to protect
birds under field conditions6. The prevention or control of
C. gallinarum infection in chickens requires improved
hygiene7.

Public Health Considerations. Chilomastix galli-
narum does not infect humans.

Cochlsosoma anatis
Morphology. Trophozoites of Cochlosoma anatis possess
an adhesive disk similar to that of Giardia sp., suggesting a
phylogenetic relationship8. Trophozoites of C. anatis mea-
sure 8.4 µ to 10.3 µ long by 5 to 6.1 µ wide. Some have
considered C. anatis synonymous with C. rostratum. How-
ever, trophozoites of C. rostratum measure 6 µ to 10 µ long
by 3.9 µ to 6.7 µ wide. The anterior end of the C. anatis
trophozoite bears a conspicuous adhesive disk measuring
4.6 µ to 5.6 µ long by 4.6 µ to 5.3 µ wide8. The adhesive
disk covers half of the surface of the cell.

Hosts. Cochlosoma anatis has been found in Anseri-
formes (geese) and Galliformes9. Besides C. anatis, there
are four other Cochlosoma species: C. picae from a magpie
(Pica pica hudsonia)10, C. turdi from an American robin
(Turdus migratorius)10, C. striatum from a ruffled grouse
(Bonasa umbelus)11, and C. scolopacis from a woodcock
(Scolopax rusticola). In addition, a Cochlosoma sp. was
found in the blue-faced parrot-finch, zebra finch, painted
finch, nutmeg mannikin, and double-barred finch12, while
C. anatis-like protozoans have been found in red-headed
parrot-finches, Bengalese finches, and Lady Gould
finches12.

Life Cycle. The life cycle is direct. Transmission is via
the fecal-oral route. Reproduction occurs by binary longi-
tudinal fission.

Pathologic Effects. Cochlosoma anatis has been iso-
lated from turkeys with enteritis9,13. Histological lesions in
these cases were characterized by blunting and fusion of the
intestinal villi. Moreover, there was a cellular infiltration of
the lamina propria with lymphocytes, plasma cells, histio-
cytes, and heterophils. An increased number of mitotic
figures was also noted in the crypt epithelium. Although
pathological lesions were not noted in adult finches, there
were numerous flagellates between the colorectal villi and
the cloacal mucosal folds12. Experimental inoculations of
ducklings with C. anatis resulted in increased villus length
and crypt depth, but without clinical signs14.



Clinical Disease. Infection of Cochlosoma species in
adult finches is usually subclinical12, though runting has
been reported in ducklings15.

Diagnosis, Treatment, and Prevention. Diagnosis is
via observation of the parasite on wet mounts or direct
smears. Metronidazole and ronidazole were found to be
effective against Cochlosoma species12. Prevention is
achieved by reducing environmental contamination.

Public Health Considerations. Cochlosoma anatis
does not infect humans.

Giardia psittaci
Morphology. Giardia psittaci trophozoites are dorsoventrally
flattened, possess eight flagella, and have an adhesive disc on
the ventral surface. They possess a claw-hammer-shaped
median body, similar to other members of the genus. Giardia
psittaci differs from G. duodenalis of mammals by lacking a
ventrolateral flange and thus having no marginal groove bor-
dering the anterior and lateral borders of the adhesive disc16.
Box17 described Giardia in budgerigars as Giardia duodenalis
race psittaci because the trophozoites were of the G. duode-
nalis-type with elongated median bodies, which were
pointed on one or both ends and that were perpendicular to
the long axis. These trophozoites were 10 µ to 18 µ long by
4.5 µ to 11 µ wide, with a length-to-width ratio of 2:1.

Hosts. Giardia psittaci has been reported in a variety
of bird species, including Anseriformes (Canada geese)18

and Psittaciformes (budgerigars)19. Giardia trophozoites
have been observed in the duodenum of the budgerigar20.
Unidentified Giardia have been reported in free-living
passerines with the following prevalences: 35% blackbirds
(Turdus merula), 50% thrushes (Turdus philomelos), 15.4%
sparrows (Passer domesticus), 60% chaffinches (Fringilla
coelebs), and 14.3% hedge sparrows (Prunella modularis)21.

Life Cycle. The life cycle is direct. Transmission is via
the fecal-oral route. Reproduction occurs by binary longi-
tudinal fission.

Pathologic Effects and Clinical Disease. Enteritis 
has been reported in budgerigars19. Giardia psittaci may
cause diarrhea, retarded growth, and dehydration in
budgerigars19. Clinical signs do not always accompany
infection. For example, G. psittaci has also been isolated
from clinically healthy geese and songbirds18,21.

Diagnosis, Treatment, and Prevention. Diagnosis is
confirmed by observing the protozoa on direct smears and
wet mounts. Metronidazole in the drinking water resulted
in budgerigars being negative for G. psittaci five days after
treatment19. Reduction of fecal contamination reduces
potential transmission.
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Public Health Considerations. Giardia psittaci does
not infect humans.

Hexamita columbae
Hexamita columbae (Syn. Spironucleus columbae, Octomitus
columbae) measures 5 µ to 9 µ long by 2.5 µ to 7 µ wide, is
piriform-shaped, and has two nuclei near the anterior end.
It has six anterior and two posterior flagella1. Hexamita
columbae has been reported in the pigeon, and has been
found in the duodenum, jejunum, ileum, and large intes-
tine1. It has been reported to cause catarrhal enteritis1. The
duodenum can be dilated22. In young pigeons, Hexamita
has been associated with weight loss, diarrhea, and
unthriftiness. Racing pigeons also demonstrated reduced
flight performance, emaciation, changes in posture, and
slow crop emptying. Pigeons aged seven to 10 weeks are
most commonly affected22.

Diagnosis is through observation of the protozoa in
fresh fecal material via a wet mount. Observation of clinical
signs aids in diagnosis. The nitroimidazole family of drugs
has been effective. Carnidazole at 20 mg/kg BW works
effectively in individual birds23. Proper hygiene and sanita-
tion are important to reduce transmission among birds.
There are no known reports of Hexamita columbae causing
disease in humans. In addition to H. columbae, an uniden-
tified Hexamita species was reported in the small intestines
and cecum of a finch (Poephila gouldiae gouldiae)20.

Hexamita meleagridis
Morphology. Hexamita meleagridis (Syn. Spironucleus
meleagridis) trophozoites are piriform-shaped, bilaterally
symmetrical, and measure 6 µ to12 µ long by 2 µ to 5 µ
wide with binucleate large endosomes24. Trophozoites have
two anterior nuclei, four anterior flagella, two anterolateral
flagella, two posterior flagella, and two separate axostyles.
The four anterior flagella recurve along the body2.

Hosts. Hexamita meleagridis is found in pheasants,
quail, chukar partridges, peafowl, and turkeys1. An
unidentified species of Hexamita has also been reported in
psittacines and young pigeons23. In young birds, Hexamita
is primarily found in the duodenum and small intestines1.
In adults, the cecum and bursa of Fabricius are also
colonized1.

Life Cycle. The life cycle is direct. Transmission is via
ingestion of contaminated food and/or water. Multiplica-
tion is by longitudinal binary fission1. Recovered birds can
serve as carriers1.

Pathologic Effects. Pathologic changes occur in the
small intestine, and include catarrhal inflammation and a



lack of intestinal tone1. The intestinal contents are watery
and foamy. The cecum also contains fluid and the cecal
tonsils are congested1. Petechial hemorrhages may be
observed on the serosal surface of the duodenum. Histo-
logically, one finds lymphocytic, plasmacytic inflamma-
tion in the mucosa of the duodenum and cecum, with
numerous flagellated protozoa present25.

Clinical Disease. Hexamita meleagridis has been
reported to cause clinical disease in four- to 14-week-old
turkeys25. Emaciation and intestinal distension with
watery contents have been noted in affected turkeys,
pigeons, and parrots. Affected turkeys are depressed and
huddled, and they vocalize, have diarrhea, and may eat
their litter (pica). Mortality may reach 12%25. In young
pigeons, signs of weight loss, diarrhea, and unthriftiness
have been reported23.

Diagnosis. Diagnosis is by examination of wet
mounts made from fresh intestinal scrapings, especially
from the duodenum and jejunum, and/or from histologi-
cal sections containing this protozoan. Hexamita may also
be recognized by their rapid, straight motion22. In pigeons,
highly motile flagellates on fresh direct fecal smears are
diagnostic23.

Treatment. The nitroimidazole antiprotozoal drugs
are the most effective and include carnidazole (Spartrix),
dimetridazole (Emtryl), ronidazole (Ridzol-S), and
metronidazole. Carnidazole is the drug of choice for
pigeons at 20 mg/kg BW23.

Prevention. Proper sanitation and management can
reduce transmission among birds. Prevention of fecal-oral
contact is important to control hexamitiasis in pigeon
flocks.

Public Health Considerations. Hexamita meleagridis
is not zoonotic.

Histomonas meleagridis
Morphology. Histomonas meleagridis is an intestinal pro-
tozoan parasite3. It is pleomorphic, with the shape depend-
ing on its location in the body3. In the intestine, it appears
flagellated and ranges in size from 6 µ to 18 µ in diameter.
There is a clear outer zone of cytoplasm with an inner
granular zone. One to two flagella originate from a basal
granule near the nucleus (Figure 10.1)26. Within the cecal
wall and liver, H. meleagridis appears to lose its flagella, and
becomes more amoeboid. Size also varies depending upon
tissue location. Invasive ameboid forms measure 8 µ to 
17 µ in diameter, vegetative forms measure 12 µ to 21 µm
long by 12 µ to 15 µ wide, and compact forms measure 4 µ
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to 11 µ in diameter. Bacteria and food particles may be
found within the organism.

Hosts. Histomonas meleagridis has been reported in
most gallinaceous birds. However, clinical disease has been
more frequently reported in turkeys, game birds (i.e.
pheasants), and peafowl. Chickens are also susceptible but
most often develop unapparent infections.

Life Cycle. The primary means of transmission of 
H. meleagridis is through ingestion of the ova of the cecal
worm, Heterakis gallinarum. Direct transmission may
occur if feces containing H. meleagridis is consumed
immediately after defecation, but this is probably not a
significant source of infection27. Mechanical transmission
via insect vectors has also been reported. Norton and co-
workers28 reported a case of histomoniasis in the absence
of Heterakis gallinarum, but in the presence of Ascaridia
dissimilis.

Pathologic Effects. The livers of affected birds have
crater-like lesions that can measure up to 1 cm in diameter.
These depressed circular lesions represent necrotic areas
and appear yellow to white in color. Ulcerations also occur
on the cecal mucosa. Cecal cores, consisting of hardened
yellow caseated plugs, fill the cecal lumen. In severe cases,
the cecum may rupture. Histomonads may be observed
microscopically in liver and cecal lesions.

Clinical Disease. Histomoniasis is also referred to as
“blackhead.” The incubation period is 14 days29. Clinical
disease may be severe in turkeys, game birds (i.e. pheas-
ants), and peafowl. Affected birds appear listless, have ruf-
fled feathers, and have yellow (sulfur-colored) diarrhea. In
turkeys, mortality may reach 100%. The disease is less
severe in chickens, where mortality is limited to 5% to
20%30. Young chickens are more susceptible to clinical dis-
ease3. Concurrent infection of chickens with Eimeria
tenella may result in more severe clinical signs of histomo-
niasis31.

Fig. 10.1 Histomonas meleagridis. Trophozoite from cecum of
chicken. Reproduced from Wenrich, D.H. (1943) with permission.



Diagnosis. A presumptive diagnosis of histomoniasis
is based on finding yellow diarrhea and increased mortality
in the flock. Circular, depressed lesions on the liver, and
ulcers with cecal cores in the cecum, are also presumptive
for histomoniasis. Confirmation is based on finding 
H. meleagridis in histological sections or in cecal scrapings.

Treatment. There are no products available for the
treatment of H. meleagridis in food-producing animals in
the United States30. For non-food-producing birds,
metronidazole has been effective for the control of his-
tomoniasis. Experimentally challenged birds had signifi-
cantly greater body weights during treatment and two
weeks post-treatment as well as lower lesion scores when
compared to untreated controls29. Albendazole (100 mg/kg)
and fenbendazole (10 mg/kg) given orally twice a day for
five consecutive days were ineffective for treating clinical
disease. However, prophylactic use of either drug increased
mean body weight gains and reduced liver and cecal lesion
scores. It was suggested that the flagellated form of 
H. meleagridis may be more sensitive to chemotherapeutic
agents than the amoeboid form found in tissues29. The
nitroimidazoles, dimetridazole, metronidazole, ornidazole,
and tinidazole, were effective at 200 ppm in the feed32. Lev-
amisole given subcutaneously at a dose of 2.5 mg/100 g
BW has been used successfully in pheasants and quail33.

Prevention. Good management and sanitation can
help reduce the incidence of histomoniasis. In addition,
elimination of the cecal worm must be a component of an
overall control program.

Public Health Considerations. Histomonas melea-
gridis does not infect humans.

Pentatrichomonas gallinarum
Pentatrichomonas gallinarum is piriform-shaped, with five
anterior flagella, four of which are of equal length and the
remaining flagellum shorter. An undulating membrane
traverses the length of the cell, with a free flagellum at its
end1. Pentatrichomonas gallinarum has been found in the
liver and ceca of chickens, turkeys, and guinea fowl1.
Transmission is via oral ingestion. Pentatrichomonas galli-
narum is nonpathogenic1. Diagnosis is via examination of
direct smears. As for other nonpathogenic trichomonads,
treatment is not warranted. Good hygiene can reduce
transmission among birds. Pentatrichomonas gallinarum
does not infect humans.

Spironucleus sp.
An unidentified Spironucleus species was reported in 
Australian king parrot (Alisterus scapularis) intestines26.
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Specific details on the morphology and life cycle of this
organism are lacking. In the single case report, wasting and
diarrhea were observed in affected birds. Yellow-green,
foamy, and liquid contents were found in the intestines.
Spironucleus was seen in the crypts of Lieberkuhn and asso-
ciated with mucus exudation. Catarrhal and lymphoplas-
macytic enteritis were also evident. Clinically affected
birds were emaciated, and had diarrhea, with fecal debris
adhered to their vents26. A definitive diagnosis may be
made by identifying Spironucleus on wet mounts that are
prepared from feces or intestinal contents. Specific treat-
ment regimens for Spironucleus are lacking. Proper sanita-
tion and good management practices will prevent
re-infection. The Spironucleus found in birds has not been
reported in humans.

Tetratrichomonas anatis
Tetratrichomonas anatis (Syn. Trichomonas anatis) measures
13 µ to 27 µ long by 8 µ to18 µ wide and possesses four
anterior flagella and an undulating membrane that extends
most of its length1. The parasite inhabits the ceca of
ducks1. The life cycle is direct, with transmission occurring
through ingestion of contaminated food and water. Tetra-
trichomonas anatis does not cause clinical disease or patho-
logic changes in birds. Diagnosis can be made through
examination of wet mounts. Good hygiene will reduce
contamination among birds. Tetratrichomonas anatis does
not infect humans.

Tetratrichomonas anseris
Tetratrichomonas anseris (Syn. Trichomonas anseris) mea-
sures 8 µ long by 5 µ wide. Four anterior flagella are pres-
ent, and an undulating membrane extends the length of
the cell. A free trailing flagellum is also present1. Tetratri-
chomonas anseris has been reported in the ceca of geese.
Transmission is via ingestion. There are no pathologic
effects or clinical signs associated with this infection. Diag-
nosis is via examination of direct smears. Treatment is not
warranted. Good hygiene will reduce transmission among
birds. Tetratrichomonas anseris does not infect humans.

Tetratrichomonas gallinarum
Morphology. Tetratrichomonas gallinarum (Syn. Tri-
chomonas gallinarum, Trichomonas pullorum)1 is piriform-
shaped and measures 7 µ to 15 µ long by 3 µ to 9 µ wide.
There are four anterior flagella and one posterior flagellum
which runs along its undulating membrane1.

Hosts and Life Cycle. Several avian species may serve
as host to T. gallinarum, including chickens, turkeys,
guinea fowl, quail, pheasants, and chukar partridges1. This



parasite is usually found in the cecum1. Infection is direct,
through ingestion of contaminated water and feed.

Pathologic Effects and Clinical Disease. No patho-
logic changes or clinical disease are noted in the cecal
mucosa although there can be numerous organisms in the
villi crypts34.

Diagnosis, Treatment, and Prevention. Diagnosis
can be confirmed with wet mounts. Moreover, this parasite
can be cultivated using trichomonal media1. Infections
with this parasite are not normally treated. Good hygiene
will prevent infection.

Public Health Considerations. Tetratrichomonas
gallinarum does not infect humans.

Trichomonas gallinae
Morphology. The trophozoites of Trichomonas gallinae are
piriform-shaped and measure 6 µ to 19 µ long and 2 µ to 
9 µ wide. They also have four anterior flagella and an
axostyle3 (Figure 10.2)35. Trichomonas gallinae is not found
in the cyst form3.

Hosts. Trichomonas gallinae has been reported in
many bird species. It is most commonly reported in birds
belonging to the Order Columbiformes3, but also occurs
in Galliformes, Passeriformes, and Psittaciformes3,36.
McKeon and co-workers reported finding T. gallinae in
zero to 11.4% of budgerigars, 46% of wild Senegal doves,
and 59% of a flock of racing pigeons36.
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Life Cycle. Transmission is via ingestion of contami-
nated feed and water. In addition, pigeons can transmit
T. gallinae to offspring via the crop milk (“pigeon milk”)2.
Trichomonas gallinae reproduces via binary fission.

Pathologic Effects and Clinical Disease. Lesions
consisting of caseous, necrotic nodules, plaques, or ulcers
are commonly reported in the upper digestive tract, e.g.
oropharynx, esophagus, and crop3. Based on the appear-
ance of the lesions, clinical trichomoniasis is often referred
to as “canker.” Affected birds are listless and reluctant to
eat. Acute mortality has been reported in pigeons.

Diagnosis. A diagnosis of T. gallinae infection can be
made by identification of organisms on direct smear, or in
stained tissue sections. Experimental studies have demon-
strated that viable T. gallinae can be obtained from dove
carcasses at least eight hours, and possibly up to 24 hours,
after the death of the host37. Besides direct examination,
oropharynx and crop samples can be incubated in Dia-
mond’s medium until the T. gallinae are numerous enough
to be easily found in aliquots examined under a micro-
scope. Commercially available kits (In-Pouch TF) for
T. gallinae culture are also available38.

Treatment. Oral treatment with 2-amino-5-nitroth-
iazole (Aminonitrothiazole) at 28 to 45 mg/kg daily for
seven days, or 0.16% in the drinking water for seven to 14
days, has been reported to be effective. Inghelbrecht and
co-workers39 reported that dimetridazole (400 mg/L) for
three days in water was effective to suppress T. gallinae
infection, while a two-day treatment with a dimetridazole
tablet (20 mg/tablet) was not effective in homing pigeons.
Likewise, McLoughlin40 found dimetridazole useful at a
concentration of 0.05% in the drinking water for pigeons.
However, this drug is no longer available in the U.S.2.
There have been reports of drug resistance among various
pigeon isolates41,42. For example, 45% of pigeon strains
have demonstrated resistance to ronidazole, though in one
study, ronidazole at 100 to 150 mg/L water for five to
seven days was reported to be effective in pigeons41.
Infected birds should be removed from the flock.

Prevention. The most effective control strategy for
T. gallinae is to eliminate the parasite in the adults and to
prevent spread to the offspring via the crop milk3.

Public Health Considerations. Trichomonas gallinae
does not infect humans.

Tritrichomonas eberthi
Morphology. Tritrichomonas eberthi (Syn. Trichomonas
eberthi) is carrot-shaped, measures 8 µ to 14 µ long by 4 µ
to 7 µ wide and has three anterior flagella and a prominent

Fig. 10.2 Trichomonas gallinae trophozoite. Reproduced from
Wenrich, D.H. (1930) with permission.



undulating membrane, which extends the full length of
the body. A posterior flagellum extends beyond the undu-
lating membrane, about half the body length beyond the
undulating membrane1.

Hosts and Life Cycle. Tritrichomonas eberthi has
been found in chickens, turkeys, and ducks1,43. Reproduc-
tion is by longitudinal binary fission. There are no known
sexual stages and cysts are not formed1. Tritrichomonas
eberthi is directly transmitted from bird to bird through
fecal-oral contamination. Infection is primarily established
in the ceca43.

Pathologic Effects and Clinical Disease. Tritri-
chomonas eberthi is considered nonpathogenic. It is often
found in association with Tetratrichomonas gallinarum and
Chilomastix gallinarum43. Tritrichomonas eberthi does not
cause clinical disease.

Diagnosis, Treatment, and Prevention. Diagnosis 
is through microscopic examination of fecal or cecal mate-
rial in wet mount. Treatment is not necessary because 
T. eberthi is nonpathogenic. Good hygiene will reduce
transmission among birds.

Public Health Considerations. Tritrichomonas
eberthi does not infect humans.

Trypanosoma avium
Morphology. Avian trypanosomes are pleomorphic and
usually measure 26 µ to 69 µ long. The kinetoplast is dis-
tant from the posterior end. They possess a free flagellum
and appear striated1.

Hosts. Trypanosomes have been reported in Galli-
formes, Anseriformes, and Passeriformes. Besides T. avium,
T. calmettei has been reported in chickens in Southeast
Asia; T. gallinarum has been reported in chickens in central
Africa; and T. hannai has been reported in pigeons1. In
addition, T. dafilae has been recovered from a pintail duck1

and from American crows44.
Life Cycle. Transmission is via blood-sucking insects

such as mosquitoes, simuliids, and hippoboscid flies1,45.
Desser46 reported Simulium rugglesi as a potential vector of
T. avium.

Pathologic Effects and Clinical Disease. Most
species of avian trypanosomes are nonpathgenic1. Because
avian trypanosomes are considered nonpathogenic, clinical
disease has not been described1.

Diagnosis, Treatment, and Prevention. A diagnosis
can be made by identifying trypanosomes in stained, thin
blood smears. No treatment is necessary because there is
no clinical disease associated with avian trypanosomiasis.

224 FLYNN’S PARASITES OF LABORATORY ANIMALS

Control of biting arthropods can reduce the transmission
of Trypanosoma species.

Public Health Considerations. Avian trypanosomes
are not zoonotic, and therefore are not considered a public
health concern.

Class Sarcodina

Endolimax gregariniformis
Endolimax gregariniformis trophozoites measure 4 µ to 13 µ
long. Cysts measure 7 µ by 10 µ. Endolimax gregariniformis
has been found in chickens, turkeys, guinea fowl, pheas-
ants, geese, ducks, and other wild birds, including herons
and owls. The life cycle is direct. Multiplication is via
binary fission1. Transmission is via ingestion of infectious
cysts. Endolimax gregariniformis is not pathogenic and is
not associated with clinical disease1. Fecal smears stained
with hematoxylin aid in diagnosis. Cysts can be detected
with a zinc sulfate flotation solution1. Treatment is not
warranted. Good hygiene and management can reduce
transmission among species. Endolimax gregariniformis is
not zoonotic.

Entamoeba anatis
Entamoeba anatis trophozoites measure 20 µ to 30 µ in
diameter. Red blood cells may be observed within the
trophozoites. Cysts are spherical and measure 13 µ to14 µ
in diameter, and contain one to four nuclei1. Entamoeba
anatis has been reported in the large intestine of a duck1.
The life cycle is direct. Multiplication is via binary fission.
Prior to passing out in the feces, trophozoites round up,
become smaller, eliminate food vacuoles, and transform to
the environmentally resistant and infective cyst stage.
Transmission is via ingestion of cysts. No pathological
effects have been described in birds infected with E. anatis.
Thus, clinical disease has not been reported.

Fecal smears stained with hematoxylin will aid in
diagnosis. Cysts can be detected with a zinc sulfate flota-
tion solution1. Because infection is asymptomatic, treat-
ment is not warranted. Good hygiene and sanitation can
reduce transmission among species. Entamoeba anatis does
not infect humans.

Entamoeba gallinarum
Trophozoites of Entamoeba gallinarum measure 9 µ to 25 µ
long with most measuring 16 µ to 18 µ long. Cysts mea-
sure 12 µ to 15 µ long and contain eight nuclei1. Enta-
moeba gallinarum has been isolated from the ceca of
chickens, turkeys, guinea fowl, ducks, and geese1. The life
cycle is direct. Multiplication is via binary fission.



Transmission is via ingestion of infective cysts. Entamoeba
gallinarum is considered nonpathogenic1. There have been
no reports of E. gallinarum causing clinical disease in avian
species. Fecal smears stained with hematoxylin aid in diag-
nosis, and zinc sulfate flotation concentrates cysts for 
diagnosis. Treatment is not warranted. Good hygiene and
sanitation help to reduce transmission. Entamoeba galli-
narum does not infect humans.

Entamoeba struthionis
Entamoeba struthionis has been reported in ostriches
(Struthio camelus) and rheas (Rhea americana)47. Tropho-
zoites measure 8 µ to 35 µ long. The nucleus measures 4 µ
to 7 µ in diameter. Cysts measure 8 µ to 20 µ in diameter,
but are usually 11 µ to 16 µ in diameter, and contain one
nucleus that is 2 µ to 7 µ in diameter47. Entamoeba
struthionis has a direct life cycle, with cysts serving as the
infective stage. These are directly transmitted by fecal-oral
contamination47. Pathologic effects have not been
reported47. Thus, infection with E. struthionis is not associ-
ated with clinical disease47. Diagnosis is via identification
of E. struthionis on a wet mount. Because E. struthionis is
nonpathogenic, treatment is not warranted. Good sanita-
tion and hygiene reduce transmission between birds. Enta-
moeba struthionis does not infect humans.

Phylum Apicomplexa

The Phylum Apicomplexa is composed of a wide variety of
parasites, including the coccidian and malarial parasites,
the toxoplasmids, and the piroplasmasids.

Class Coccidia

Common enteric coccidial genera of birds include Eime-
ria, Isospora, and Cryptosporidium. These are monoxenous;
that is, they require only one host to complete their life
cycle. The most important enteric avian coccidia belong to
the genus Eimeria. It should be noted that oocysts of Eime-
ria sp. are commonly found on fecal flotation examina-
tions of asymptomatic birds. This alone does not warrant a
diagnosis of clinical coccidiosis. Clinical signs and/or
intestinal lesions must also be present. Speciation based
only on morphological characteristics is difficult. The loca-
tion of the lesions within the intestines will also aid in
speciation.

In general, Eimeria remain viable in the soil for at least
a year, but may be killed by subfreezing temperatures.
Oocysts are also destroyed by ultraviolet light, heat, and
desiccation. Younger birds should be raised separately from
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older birds which can serve as a source of infection. It
appears that live attenuated anti-coccidial vaccines have
been protective and can reduce the negative effects of coc-
cidiosis in chickens48.

Arthrocystis galli
Arthrocystis galli has been reported in the skeletal and
cardiac muscles of chickens. Meronts measure 1,400 µ by
126 µ1. No details are available on the morphology of
A. galli sporocysts. The definitive host of A. galli is
unknown. Likewise, specific details on the life cycle of
A. galli are lacking. Arthrocystis galli meronts appear to be
aligned end-to-end, taking on the appearance of bamboo
in the muscle tissue1. Some mortality was noted in a flock
of affected chickens. Arthrocystis galli can be diagnosed in
the chicken by histological examination. There is no effec-
tive treatment for this disease. Prevention is through elimi-
nation of carnivore feces, as described for Sarcocystis.
Human infections with A. galli have not been reported.

Atoxoplasma sp.
Atoxoplasma (Syn. Lankesterella) species have been
reported in the mononuclear leukocytes (lymphocytes,
macrophages, and monocytes) of passerines. Specific
details on the morphology of Atoxoplasma are lacking.
However, merozoites, macrogametes, and microgamonts
are present in the epithelial cells of the intestines. Atoxo-
plasma species have been reported in passerines, including
the greenfinch (Carduelis chloris)49 and canary50.

Specific details on the life cycle of Atoxoplasma species
are lacking, but it is transmitted by blood-feeding mites
(i.e. Dermanyssus gallinae). Mortality has been noted in
infected nestlings. Affected birds may die suddenly.
Diagnosis is by identifying Atoxoplasma sporozoites in the
mononuclear leukocytes of peripheral blood smears, or on
cytological examination of the liver, spleen, or lung
impression smear. Specific treatment regimens for Atoxo-
plasma species are lacking. Mite control is an important
aspect of preventing transmission. Atoxoplasma species
occurring in birds have not been reported in humans.

Cryptosporidium meleagridis and 
Cryptosporidium baileyi
Cryptosporidium meleagridis (Syn. C. anserinum, C. tyzzeri)
and C. baileyi have been reported in the intestines, respira-
tory tract, and kidneys of a variety of bird species. In a
recent review of Cryptosporidium in birds, Sreter and Varga
suggested that C. meleagridis may be closely related or
identical to C. parvum, a parasite of mammals51. Further
studies are needed to clarify this issue.



Morphology. Cryptosporidium meleagridis oocysts
measure 5.1 µ long by 4.5 µ wide, while those of C. baileyi
are larger and more ovoid, and measure 6.5 µ long by 4.25 µ
wide52.

Hosts. Turkeys are the natural hosts of C. meleagridis.
In addition, C. meleagridis has been reported in chickens,
partridges, peafowl, pheasants, quail (Coturnix coturnix),
geese, Indian ring-necked parrots (Psittacula krameri), and
red-lored parrots (Amazona autumnalis)52. Cryptosporid-
ium baileyi has been found in many bird species. Both
C. meleagridis and C. baileyi have been reported in cock-
atiels53. An unidentified Cryptosporidium has been isolated
in finches and a black duck54.

Life Cycle. Details on the life cycle of C. meleagridis
and C. baileyi are sparse. It is assumed that their life cycles
are direct, and similar to other members of the genus.

Pathologic Effects. Cryptosporidium meleagridis and
C. baileyi are usually nonpathogenic. However, Trampel
and co-workers reported developing stages in the epithelial
cells lining the renal collecting tubules and ureters such
that lymphoplasmacytic infiltrates in the ureters and hyper-
plasia of parasitized epithelial cells partially obstructed the
ureters55. The bursa was affected in pheasants56.

Clinical Disease. Cryptosporidium meleagridis and
C. baileyi have been associated with diarrhea or respiratory
disease. In addition, visceral gout may be exacerbated by
urinary cryptosporidiosis55. Birds affected with C. baileyi
shed two to three times more oocysts than those infected
with C. meleagridis57.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of organisms, along with clinical signs
and lesions. A semi-quantitative microscopic slide flota-
tion method using modified Sheather’s sugar solution is a
rapid, specific, and sensitive low-cost test58. Although not
registered for use in birds, paromomycin reduced oocyst
shedding by 67% to 82%59. Proper sanitation and good
management practices can reduce re-infection in the flock.
A 50% bleach solution to disinfect premises has been rec-
ommended to prevent future outbreaks.

Public Health Considerations. Cryptosporidium
bailey does not infect humans, while C. meleagridis has
been reported from immune-suppressed people. Person-
nel working with birds infected with C. meleagridis
should use personal protective equipment and prac-
tice hygienic techniques. Immune-suppressed people
should not work with or around birds infected with 
C. meleagridis.
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Cryptosporidium spp.
Unidentified Cryptosporidium species have been reported
in cockatiels, white-lored euphonias, bronze mannikin
finches, and Australian diamond fire tailed finches60.
Infections in cockatiels occurred mostly in the small intes-
tine, although Cryptosporidium has been noted in the
esophageal glands, air sacs, and proventriculus60. In the
white-lored euphonias, infection was documented in
either the small intestine or the proventriculus60. Cryp-
tosporidium was documented in the proventriculus of
bronze mannikin finches and Australian diamond fire
tailed finches60. Tsai and co-workers reported Cryp-
tosporidium in the small intestine of Amazon parrots
(Amazona aestiva aestiva), African grey parrots (Psittacus
erithacus), and budgerigars (Melopsittacus undulatus)20.
Moreover, Cryptosporidium was reported in the bulbar and
palpebral conjunctiva of a lovebird (Agapornis roseicollis)20.

Eimeria acervulina
Morphology. Eimeria acervulina oocysts are ovoid and
measure 12 µ to 23 µ by 9 µ to 17 µ. The oocyst has a
smooth two-layered wall and no micropyle1. Oocysts
sporulate within one day.

Hosts and Life Cycle. Chickens are the hosts of
Eimeria acervulina. The life cycle is typical of the genus.
The prepatent period is four days and the patent period
lasts for several days.

Pathologic Effects. Eimeria acervulina is found in the
anterior small intestine of the chicken (Figure 10.3). Eimeria
acervulina occasionally causes inflammation of the anterior
small intestine but is usually nonpathogenic. Inoculation of a
large dose (more than 1 million oocysts) causes intestinal wall
thickening and catarrhal enteritis. White or gray spots or
streaks are observed on the intestinal mucosa1.

Clinical Disease. Clinical signs are only observed fol-
lowing exposure to massive numbers of sporulated oocysts.
Unlike other Eimeria species, bloody diarrhea is rarely
observed, even in severe infections.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are as described for
E. tenella.

Eimeria dispersa
Morphology. Eimeria dispersa oocysts measure 22 µ to 31 µ
by 18 µ to 24 µ, with an average of 26 µ by 21 µ.

Hosts and Life Cycle. Eimeria dispersa infects the
upper intestinal tract of turkeys, bobwhite quail, ring-
necked pheasants, chukar partridges, ruffed grouse and



sharp-tailed grouse1. The life cycle is direct, and typical of
the genus. The prepatent period is approximately five to
six days1.

Pathologic Effects and Clinical Disease. Eimeria
dispersa is only mildly pathogenic. Affected birds have
markedly dilated and edematous intestines that contain a
cream-colored mucoid exudate. Clinical disease is usually
not observed.

Diagnosis. Diagnosis is as described for E. tenella.
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Treatment. Because Eimeria dispersa is generally non-
pathogenic, treatment is often not needed. However,
diclazuril (0.5, 1, or 2 ppm in the feed) was effective in sup-
pressing lesions, abnormal droppings, and oocyst shedding61.
Likewise, maduramicin ammonium (5 to 7 ppm in the feed)
was effective and reduced oocyst shedding62. Watkins and
co-workers reported that 60 ppm of monensin was effec-
tive63. Others have reported that feeding halofugione
(3 mg/kg) and monensin (60 mg/kg or 100 mg/kg) 

Fig. 10.3 Eimeria species commonly found in the chicken and their preferred locations within the intestinal tract. (A) E. tenella. (B) E. necatrix.
(C) E. brunetti. (D) E. acervulina. (E) E. maxima. (F) E. mitis. Reproduced from Levine, N.D. (1961) with permission.



were most effective while amprolium (125 mg/kg), zoa-
lene (125 mg/kg), and sulfadimethoxine plus ormetoprim
(62.5 mg/kg and 37.5 mg/kg, respectively) were least effec-
tive in reducing the severity of the intestinal lesions64.

While all coccidiostats tested reduced oocyst passage,
halofugione produced the fewest oocysts64. For quail,
monensin (90 g/ton of feed) has been effective33. For
pheasants, amprolium (9.6% solution) in the drinking
water (1 ml/liter water for three to five days or 0.0175% in
the feed) was effective. Salinomycin was also effective for
bobwhite quail and pheasants33.

Prevention and Public Health Considerations.
These aspects are as described for E. tenella.

Eimeria maxima
Eimeria maxima commonly affects the small intestine, pri-
marily the jejunum, of chickens (Figure 10.3). Eimeria
maxima oocysts measure 21 µ to 42 µ by 16 µ to 30 µ, with
an average of 29 µ to 31 µ by 21 µ to 23 µ. The life cycle is
typical of the genus. The prepatent period is five to six days
and the patent period is a few days1.

The pathologic effects of E. maxima depend on the
strain involved. Generally, there are hemorrhages in the
wall of the small intestine. The intestinal wall may become
thickened, dilated, and lose its tone. Catarrhal enteritis has
also been reported and intestinal contents range from
brown to orange, although blood within the intestines is
uncommon1. Affected birds appear depressed and can have
gray to orange mucoid diarrhea. Diagnosis, treatment, pre-
vention, and public health considerations are as described
for E. tenella.

Eimeria tenella
Morphology. Oocysts of Eimeria tenella are oval-shaped,
and measures 14 µ to 31 µ long by 9 µ to 25 µ wide. The
oocyst has a smooth wall and lacks a micropyle (Figure
10.4)3,65. Oocysts sporulate within a few days and subse-
quently contain four sporocysts, each with two sporozoites.

Hosts and Life Cycle. Chickens are the hosts of
Eimeria tenella. The life cycle is direct, and is described in
Chapter 2, Biology of the Protozoa. The prepatent period
is seven days66.

Pathologic Effects. Eimeria tenella is the most patho-
genic coccidian of chickens3. It is the causative agent of a clas-
sical coccidiosis reported in chickens, which occurs primarily
in the cecum (Figure 10.3). Early lesions include hemor-
rhagic cecal mucosae which subsequently become fibri-
nonecrotic. The cecal wall becomes thickened and the lumen
fills with blood (Figure 10.5). Finally, cecal cores often form.
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Clinical Disease. Depending on the age and infec-
tious dose, birds may have an unapparent infection, or
demonstrate severe clinical signs. Affected chickens are
listless, anorexic, have bloody diarrhea, and may die. Mor-
tality may vary from 32% to 90%. Young chickens around
four weeks of age are most susceptible, whereas older birds

Fig. 10.4 Sporulated oocysts of Eimeria tenella. Reproduced from
Chandler, A.C. and Read, P.R. (1961) with permission.

Fig. 10.5 Comparison of normal ceca (left) with diseased ceca (right)
due to Eimeria tenella. Courtesy of W.M. Reid, University of Georgia.



are more resistant. Resistance is most likely related to par-
tial immunity resulting from previous exposure.

Diagnosis. A definitive diagnosis is made by demon-
stration of fecal oocysts, characteristic histologic lesions,
and clinical signs. A two-step polymerase chain reaction
can differentiate the eight species of Eimeria in chickens67.

Treatment. Several treatment regimens have been
described for avian coccidiosis. These include conventional
treatments such as lasalocid (75 mg/kg) in the feed, or
toltrazuril in the drinking water (7 mg/kg BW for two con-
secutive days between days 10 and 14 of placement)68.
Toltrazuril can also be used for supplemental control with
in-feed anticoccidials, or as a primary anticoccidial with
nonmedicated feed68. Effective alternative treatments have
included oregano essential oil (300 mg/kg)69 and sugar
cane extract70. Shuttle treatments (starter to grower) have
also proven effective71.

Coccidiosis can also be affected by dietary modifica-
tions. Dietary n-3 fatty acids, such as those found in men-
haden oil or flaxseed oil, can induce oxidative stress and
can inhibit coccidial development72. By these and other
mechanisms, artemisinin from Artemisia annua, tumeric,
and betaine (from sugar beets) have reduced the effects of
coccidiosis72.

Prevention. Coccidial infection is self-limiting.
However, re-infection with less severe manifestations is
common if proper sanitation and management are not
practiced. Live vaccines can reduce clinical disease73.

Public Health Considerations. Avian coccidia are
not infective to humans.

Eimeria spp.
Several additional Eimeria species have been reported in
quail and pheasants. Eimeria coturnicis, E. bateri, E. taldy-
kurganica, E. tsunodai, and E. uzura has been reported in
Coturnix or Japanese quail (Coturnix japonica). Eimeria
colini, E. dispersa, and E. lettyae has been reported in bob-
white quail (Colinus virginianus). Eimeria phasianus has
been reported in pheasants. Most of these Eimeria species
are nonpathogenic, except Eimeria tsunodai, which causes
hemorrhagic typhlitis and reduced growth and weight
gains in Coturnix quail33. Domestic birds are likewise sus-
ceptible to many species of coccidia of the genus Eimeria.
While some of these are pathogenic, many are not. The
species found in these birds are summarized in the tables at
the end of the chapter. Where treatment is warranted,
treatments used to eliminate E. tenella are likely to also be
effective against other Eimeria species.
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Isospora spp.
Additional Isospora sp. have been reported in the intestines
of a variety of bird species. Species isolated include Isospora
lacazei, I. gryphoni., I. serini, and I. canaria.

Morphology. For Isospora gryphoni, oocysts measure
25 µ to 33 µ by 28 µ to 34 µ, with an average of 29.2 µ by
30.7 µ. Isospora serini have spheroid oocysts which have an
average measurement of 19.2 µ by 20.1 µ74. Isospora canaria
have elliptical oocysts that measure 21.8 µ by 24.6 µ74.

Hosts. Isospora lacazei was reported in a domestic
sparrow75. Isospora gryphoni has been recovered from an
American goldfinch76. Isospora serini and Isospora canaria
have been reported in canaries74.

Life Cycle. Specific details on the life cycle of these
Isospora species are lacking. However, colonization of
mononuclear leukocytes is evident in birds infected 
with I. serini, while I. canaria colonizes the intestinal
epithelium.

Pathologic Effects and Clinical Disease. Specific
details on these aspects are lacking.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of Isospora oocysts in the feces. In the case
of I. serini, a diagnosis is made by identifying the asexual
stages in the mononuclear leukocytes of a peripheral blood
smear. Specific treatment regimens are lacking. Proper 
sanitation and good management practices can reduce
exposure in the flock.

Public Health Considerations. Avian Isospora do not
infect humans.

Sarcocystis falcatula
Sarcocystis falcatula schizonts measured 24 µ by 6.8 µ and
contained 24 to 96 merozoites, and are found in the pul-
monary air passages and capillaries77. Several avian species,
such as canaries, are intermediate hosts for S. falcatula.
Specific details on the life cycle of S. falcatula are lacking.
The Virginia opossum (Didelphis virginiana) is the defini-
tive host. In birds, infection leads to pulmonary edema,
interstitial pneumonitis, and hepatitis78,79. Affected birds
often die prior to exhibiting clinical signs. Some birds can
exhibit respiratory distress.

Sarcocystis falcatula can be diagnosed by histological
examination. However, because there are no clinical signs
associated with this disease, the parasite is often an inciden-
tal finding at necropsy. There is no effective treatment for
this disease. Infection can be prevented by eliminating
sources of opossum feces. Sarcocystis falcatula does not infect
humans.



Sarcocystis horvathi
Sarcocystis horvathi (Syn. Sarcocystis gallinarum) cysts have
been found in the muscles of the chicken intermediate
host. Definitive hosts include dogs and cats1. The sporo-
cysts found in dog feces measure 10 µ to 13 µ by 7 µ to 9 µ.

The genus Sarcocystis is considered heteroxenous; one
host (usually a predator species) is required for the sexual
stages and another host (prey species) is required for the
asexual stages1. The life cycle is perpetuated when the inter-
mediate host ingests the sporocysts shed by the definitive
host. In the definitive host, the prepatent period is six to 10
days and the patent period in the dog is 21 to 23 days1. The
asexual stages can be found in the striated muscle of the
chicken, where they may cause severe myositis. Sarcocysto-
sis can be diagnosed in the intermediate host by histological
examination. However, because clinical signs are rare in
birds, this disease is often diagnosed post-mortem.

There has been little success in treating sarcocystosis in
intermediate hosts. Infection can be prevented by prevent-
ing birds from ingesting contaminated feces from definitive
hosts. Sarcocystis horvathi does not infect humans.

Sarcocystis rileyi
Sarcocystis rileyi (Syn. Balbiania rileyi, Sarcocystis anatina)
has been found in the muscles of the duck intermediate
host. The sporocysts recovered from skunks measured 10 µ
to 14 µ by 5 µ to 10 µ1. Sarcocystis rileyi is common in dab-
bling ducks, but is also found in diving ducks and domes-
tic ducks. Definitive hosts include striped skunks,
opossums, dogs, and cats.

The life cycle is similar to those of other members of
the genus. Sarcocysts may be observed microscopically in
skeletal muscles 85 days post-infection, and can be seen
macroscopically 154 days post-infection, when they
measure 2 mm to 8 mm long by 1 mm wide1. Individual
sarcocysts can reach several centimeters in length80. The 
sarcocysts in the duck muscle are not pathogenic. Therefore,
clinical disease is not noted in the duck.

Sarcocystis rileyi can be diagnosed in the duck by a his-
tological examination. However, because there are no clin-
ical signs associated with this disease, a diagnosis is often
made at necropsy. There is no effective treatment for this
disease. Infection may be prevented by eliminating sources
of feces excreted by definitive hosts. Sarcocystis rileyi does
not infect humans.

Sarcocystis spp.
Unidentified Sarcocystis species have been recovered from
the breast and thigh muscles of African grey parrots

230 FLYNN’S PARASITES OF LABORATORY ANIMALS

(Psittacus erithacus), Amazon parrots (Amazona aestiva aes-
tiva), and budgerigars (Melopsittacus undulatus)20.

Toxoplasma gondii
Toxoplasma gondii infects nearly all mammalian and many
avian species. Susceptible bird species include chickens,
pigeons, and canaries. The budgerigar is resistant to
T. gondii infection81. The biology of T. gondii in the defini-
tive host is discussed in Chapter 18, Parasites of Cats.

Avian intermediate hosts become infected by ingest-
ing sporulated oocysts or contaminated tissues. Following
ingestion, T. gondii disseminates via the blood and lymph
to cause generalized infection and bradyzoite cyst forma-
tion. Commonly affected tissues include the spleen, lungs,
liver, heart, and brain. Toxoplasma gondii is not pathogenic
for chickens, but infected canaries develop nonsuppurative
chorioretinitis, blindness, and torticollis82,83. Dubey and
co-workers found that 16.9% of backyard chickens had
antibodies to T. gondii, and viable T. gondii were recovered
from 55% of seropositive chickens83.

Diagnosis is by immunostaining of affected tissues, or
by inoculation of experimental animals. There is no effec-
tive treatment for toxoplasmosis of birds. In canaries,
trimethoprim (0.08 g/ml water) and sulfadiazine (0.04 g/ml
water) for two weeks followed by a second treatment regi-
men given for three weeks was effective in relieving clinical
signs82. To prevent infection in birds, food stocks must be
protected from contamination with cat feces. Toxoplasma
gondii is a common zoonosis. However, people working
with infected birds would have to consume bird tissues to
become infected.

Tyzzeria parvula
Tyzzeria parvula (Syn. Eimeria anseris, E. parvula, T. anseris)
has been reported in the small intestines of geese. Tyzzeria
anseris oocysts measure 10 µ to 16 µ by 9 µ to 14 µ. The
sporozoites are banana-shaped. Tyzzeria parvula has been
reported in domestic geese, white-fronted geese, snow
geese (Chen caerulescens), Ross’ geese (Chen rossii), Brant
(Atlantic) geese (Branta bernicla), Canada geese (Branta
canadensis), and possibly the whistling swan1.

There is a lack of information on the life cycle of
T. parvula. However, its prepatent period is four days1.
Tyzzeria parvula is not pathogenic; therefore, clinical dis-
ease has not been observed. A definitive diagnosis can be
made by identification of T. parvula in the feces. Treatment
is not warranted. Proper sanitation and good management
practices can reduce re-infection in the flock. Tyzzeria
parvula does not infect humans.



Tyzzeria perniciosa
Tyzzeria perniciosa has been reported in the small intestines
of ducks. Tyzzeria perniciosa oocysts measure 10 µ to 13 µ
by 9 µ to 11 µ. Tyzzeria perniciosa has been reported in
domestic ducks, pintails, lesser scaups (Aythya affinis) and
another diving duck (Aythya erythropus).

The prepatent period is five days. Tyzzeria perniciosa is
highly pathogenic. A common histopathologic finding is
hemorrhagic enteritis. The intestinal wall is often thick-
ened and white spots can be observed on the serosal sur-
face. The intestinal lumen is filled with blood and can
contain a yellowish exudate. The intestinal lumen is often
sloughed in long strips. Tyzzeria perniciosa is especially
pathogenic for young ducklings. Affected ducks stop eat-
ing, lose weight, become lethargic, and continuously emit
vocalizations.

Diagnosis is by identification of T. perniciosa along
with clinical signs and lesions. Specific treatment regimens
for T. perniciosa are lacking. Proper sanitation and good
management practices can reduce re-infection in the flock.
Tyzzeria perniciosa does not infect humans.

Wenyonella anatis
Wenyonella anatis is found in the intestinal tract of ducks.
Oocysts measure 11 µ to 17 µ by 7 µ to 10 µ. There is a
lack of information on the life cycle of W. anatis.
Wenyonella anatis is not pathogenic. Thus, clinical disease
does not occur. Diagnosis is by identifying W. anatis in the
feces. Treatment is not warranted. Proper sanitation and
good management practices can reduce re-infection in the
flock. Weyonella anatis does not infect humans.

Wenyonella columbae
Wenyonella columbae occurs in the small intestine of the
pigeon. Wenyonella columbae oocysts measure 21 µ to 27 µ
by 21 µ to 26 µ. Specific details on the life cycle of
Wenyonella columbae are lacking. Wenyonella columbae is
not pathogenic. Thus, clinical signs are not observed.
Diagnosis is made by identifying W. columbae in the feces.
Treatment is not warranted. Proper sanitation and good
management practices can reduce re-infection in the flock.
Wenyonella columbae does not infect humans.

Wenyonella gallinae
Wenyonella gallinae has been reported in the lower intes-
tine of chickens. Wenyonella gallinae oocysts measure 29 µ
to 34 µ by 20 µ to 23 µ. Specific details on the life cycle of
W. gallinae are lacking. The intestines of infected birds are
thickened and congested. Pinpoint hemorrhages are noted
in the mucosa. Affected birds have greenish diarrhea.
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Diagnosis is through identification of W. gallinae in the
feces, along with clinical disease and lesions. Specific
treatment regimens for W. gallinae are lacking. Proper
sanitation and good management practices can reduce re-
infection of the flock. Wenyonella gallinae does not infect
humans.

Class Piroplasmidia

Babesia moshkovskii
Babesia moshkovskii (Syn. Sogdianella moshkovskii, Babesia
ardeae, Nuttallia shortti, Aegyptianella moshkovskii) has
been found in erythrocytes of chickens, turkeys, pheasants,
and other wild birds1. The form in chickens measures 0.2 µ
by 2.5 µ, while the form found in turkeys measures 0.5 µ
by 2 µ1. Details on the life cycle of B. moshkovskii are lack-
ing. Ticks have been reported to serve as vectors of Babesia.
Babesia moshkovskii is not pathogenic. Thus, clinical dis-
ease has not been reported. Diagnosis is via identification
of B. moshkovskii on stained blood smears. Treatment is
not warranted. The elimination and control of ticks will
aid in the prevention of B. moshkovskii infection. Babesia
moshkovskii does not infect humans.

Class Haemosporidia

Haemoproteus columbae
Haemoproteus columbae is a haemosporidian found in the
pigeon and other Columbiformes. Mature macrogametes
and microgamonts are elongated and banana-shaped1.
Birds become infected when they are bitten by the hippo-
boscid fly (Pseudolynchia canariensis)1. Merogony occurs in
the endothelial cells of the blood vessels of the lungs, liver,
and spleen. Merozoites undergo gametogony in erythro-
cytes. Oocyst formation occurs in the hippoboscid vector.
Sporozoites migrate to the salivary gland, where they can
be injected into a new host1.

Haemoproteus columbae is not pathogenic. Thus, clini-
cal disease is not observed. Diagnosis is by finding organ-
isms in stained blood smears. Treatment is generally not
warranted. However, in one study, dexamethasone lowered
the level of parasitemia, the packed cell volume and the
heterophil:lymphocyte ratio84. In addition, buparvaquone
was effective, while diminazene aceturate was ineffective
and triquine was toxic85. Prevention of Haemoproteus
infections is accomplished through control of insect vec-
tors. Haemoproteus columbae does not infect humans.

Haemoproteus spp.
Additional species of Haemoproteus infecting birds include
Haemoproteus coatneyi in white-crowned sparrows86;



H. handai in lesser sulphur-crested cockatoos87; H.
lophortyx in bobwhite quail88; H. meleagridis in turkeys89;
H. nettionis (Syn. Parahaemoproteus nettionis, Haemopro-
teus anatis, H. hermani, H. anseris, Halteridium nettionis)
in waterfowl such as ducks, geese, and swans1; H. picae and
H. danilewskii in American crows44; and H. sacharovi in
Columbiformes such as doves and pigeons1. Most of these
species are nonpathogenic in their avian hosts. Diagnosis is
accomplished through microscopic examination of stained
blood smears.

Leucocytozoon caulleryi
Morphology. Gamonts of Leucocytozoon caulleryi (Syn.
L. schueffneri, Akiba caulleryi) are round and measure 15.5 µ
by 15 µ in diameter.

Hosts and Life Cycle. Leucocytozoon caulleryi has
been reported in chickens, guinea fowl, and pheasants.
Mosquitoes become infected with L. caulleryi during
ingestion of a blood meal. Gametogony occurs in the
arthropod host. Following transmission of sporozoites to a
susceptible bird, schizogony occurs in the kidney, liver,
lungs, heart, spleen, pancreas, thymus, muscles, intestines,
trachea, ovaries, adrenals, and brain1.

Pathologic Effects. Pathogenicity varies with parasite
strain. Mortality can be high. Pathologic changes include
hemorrhages in the lung, liver, and kidneys, due to lysis of
infected cells. Schizonts of L. caulleryi have been reported
in the ovary and oviducts of chickens, and were associated
with granulomatous and lymphocytic inflammation,
edema, and pressure atrophy associated with these
schizonts90.

Clinical Disease. Affected chickens are anemic,
lethargic, and have pale combs and diarrhea. Reduced egg
production and soft-shelled eggs have been reported in
chickens90. Chickens appear to be resistant to re-infection
with L. caulleryi91.

Diagnosis, Treatment, and Prevention. Leucocyto-
zoon can be diagnosed on a stained blood smear. Specific
treatment regimens for L. caulleryi are lacking. Control of
Culicoides effectively prevents infection. A recombinant
protein used as an antigen in an oil-in-water vaccine has
been documented to be effective92.

Public Health Considerations. Leucocytozoon
caulleryi does not infect humans.

Leucocytozoon spp.
Additional species of Leucocytozoon infecting birds include
L. andrewsi (Syn. L. schoutedeni) in chickens and pheas-
ants; L. lovati (Syn. L. bonasae, L. jakamowi, L. mansoni) in
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grouse; L. marchouxi (Syn. L. turtur) in Columbiformes
such as the turtle dove and mourning dove; L. naevei (Syn.
L. costai, L. numidae) in guinea fowl; L. sabrazesi (Syn. L.
francolini, L. kerandeli, L. martini, L. macleani, L. mesnili,
L. schuffneri) in chickens, pheasants, and jungle fowl; L.
simondi (Syn. L. anatis, L. anseris) in ducks and geese; and
L. smithi in turkeys1,93–96. Several of these species are path-
ogenic in their avian hosts. Diagnosis is accomplished
through microscopic examination of stained blood smears.

Plasmodium cathemerium
Morphology. Gamonts and meronts of Plasmodium cathe-
merium (Syn. Haemamoeba cathemerium) are round. The
meronts produce six to 24 merozoites1.

Hosts and Life Cycle. Passerines are the natural hosts
of P. cathemerium. The life cycle is described in Chapter 2,
Biology of the Protozoa. Briefly, sporozoites enter the
blood through a mosquito bite and penetrate hepatic
parenchymal cells, where they undergo schizogony1. Later,
gametogony occurs in erythrocytes. Mosquitoes are
infected while taking a blood meal. Oocysts form in the
mosquito midgut. Sporozoites migrate to the mosquito
salivary glands. Mosquito genera which can serve as hosts
include Culex, Aedes, Anopheles, and Culiseta1.

Pathologic Effects and Clinical Disease. Plasmod-
ium cathemerium is highly pathogenic for canaries. Capil-
lary abnormalities include endothelial degeneration and 
penetration of the endothelial cells by the parasites, with
subsequent necrosis97. The skeletal muscle can also be a
target tissue for P. cathemerium. Affected canaries have 
subcutaneous hemorrhages, anemia, splenomegaly, and
hepatomegaly.

Diagnosis, Treatment, and Prevention. Plasmodium
cathemerium is diagnosed by finding and identifying it on
blood smears that are stained with a Romanowsky stain
such as Giemsa. Treatment with chloroquine or pyri-
methamine has been successful in some birds. Reinfection
often occurs. Control of P. cathemerium is achieved
through vector control.

Public Health Considerations. Plasmodium cathe-
merium is not zoonotic.

Plasmodium circumflexum
Plasmodium circumflexum (Giovannolaia circumflexum) has
been found in birds in temperate zones1. The type host of
P. circumflexum is the German thrush (Turdus pilaris).
Other susceptible species include ruffed grouse, wood-
cocks, Canada geese, and ducks1. The gamonts and tropho-
zoites are elongated. The life cycle of P. circumflexum is



similar to those of other species in the genus. Vector mos-
quitoes include Culex tarsalis, Culiseta annulata, Culiseta
melaneura, Culiseta morsitans, and Mansonia crassipes1,98.
Clinical disease has not been reported with this parasite.

Diagnosis is by identifying blood smears stained with
a Romanowsky stain, such as Giemsa. Treatment with
chloroquine or pyrimethamine is sometimes successful.
Re-infection often occurs. Infection with P. circumflexum
can be prevented with the use of mosquito (vector) control
strategies. Plasmodium circumflexum does not infect
humans

Plasmodium spp.
Several other species of Plasmodium have been found in
birds. These include Plasmodium durae (Giovannolaia
durae) in turkeys; P. fallax in guinea fowl; P. gallinaceum
(Syn. Haemamoeba gallinaceum) in jungle fowl and other
gallinaceous birds; P. hermani (Syn. Huffia hermani) in
turkeys and bobwhite quail; P. juxtanucleare (Syn. P. japon-
icum, Novyella juxtanucleare) in chickens and other gallina-
ceous birds; P. matutinum (Syn. Haemamoeba matutinum,
P. relictum matutinum) in wild bird species; and P. relictum
(Syn. Haemamoeba relictum, P. praecox) in pigeons, doves,
ducks, passerines, and others1,99,100. Most of these species
are nonpathogenic in their avian hosts. Diagnosis and
treatment are as described for P. cathemerium.

TREMATODES

Collyriclum faba

Collyriclum faba has been reported in the skin and sub-
cutaneous tissues of Galliformes and Passeriformes101,102.
Collyriclum faba belongs to the Troglotrematid family of
flukes. Specific details on the morphology and life cycle
of C. faba are lacking. Infection is usually unapparent,
though some birds may become anemic and emaciated.
Diagnosis is by identifying adult flukes in the subcuta-
neous tissues. No effective treatment is available.
Control of the intermediate hosts prevents the transmis-
sion of C. faba. Collyriclum faba is not known to infect
humans.

Echinoparyphium recurvatum

Echinoparyphium recurvatum has been reported in the
small intestines of chickens, turkeys, ducks, pigeons, and
other birds. It belongs to the Echinostomatid family of
flukes. Snails serve as first intermediate hosts, while other
snails, and frogs serve as second intermediate hosts.

PARASITES OF BIRDS 233

Chickens become infected through the ingestion of second
intermediate hosts103. Infection may result in emaciation,
anemia, and weakness. Enteritis is a common post-
mortem finding. Affected birds are lethargic and have
diarrhea.

A diagnosis is made by identifying the eggs in the
feces or the flukes within the intestines. No effective treat-
ment is available. Control of the intermediate host pre-
vents disease transmission. Morley and co-workers
reported that parasite viability was associated with survival
of the host snail104. Tributyltin, copper, or irgarol 1051
may be used to control snail populations. Echinopary-
phium recurvatum has also been reported from dogs, cats,
rats, and primates, including humans. However, there is
no danger of direct transmission of infection from birds to
humans.

Hypoderaeum conoideum

Hypoderaeum conoideum has been reported in the small
intestine of chickens and other birds. It belongs to the
Echinostomatid family of flukes. Specific details on the life
cycle of H. conoideum are unknown. However, ingestion of
an infected mollusk, i.e., a snail, is an essential part of 
the transmission cycle. Munoz-Antoli and co-workers
reported that the freshwater snail, Lymnaea peregra, serves
as the natural first intermediate host105. Other freshwater
snails, Physella acuta and Gyraulus chinensis, can serve as
second intermediate hosts. The pathologic effects and clin-
ical signs of H. conoideum infection in chickens and other
avian species remain unknown.

A diagnosis is made by identifying the H. conoideum
eggs in the feces or the adults in the small intestines. No
effective treatment is available. The control of the inter-
mediate host can help to interrupt the transmission cycle.
Hypoderaeum conoideum has not been reported in
humans.

Prosthogonimus spp.

Morphology. Adult Prosthogonimus are 6 mm to 8 mm
long and 5 mm to 6 mm wide, and have spiny cuticles 
(Figure 10.6). The Prosthogonimus eggs, which measure 26 µ
to 32 µm by 10 µ to 15 µm, have an operculum on one
end and a small spine on the other end.

Hosts. Prosthogonimus species have been found in the
bursa of Fabricius and oviduct of chickens and other
birds101. Parasite species identified include P. macrorchis



(U.S.), P. pellucidus (Europe), P. ovatus (Europe, Asia,
Africa), and P. longus-morbificans (Europe).

Life Cycle. Adult flukes shed their eggs in the feces.
Two intermediate hosts, a snail and dragonfly, are needed
to perpetuate the life cycle. Infection occurs via ingestion
of an infected insect. Metacercariae are released in the
small intestines and subsequently migrate to the cloaca.
Finally, they migrate to the bursa of Fabricius or to the
oviduct, where maturation occurs106.

Pathologic Effects and Clinical Disease. Pathologic
changes include inflammation of the oviduct and associ-
ated coelomitis. Leok and co-workers reported degenera-
tion and exfoliation of the mucosal epithelium in the
bursa107. Affected birds are inappetant and have reduced
weight gains, decreased egg production, and malformed
eggs101.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of fluke eggs in the feces or flukes in the
oviduct101. There is no effective treatment. Elimination of
the intermediate hosts prevents infection.

Public Health Considerations. Prosthogonimus do
not infect humans.
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CESTODES

Cyclophyllidea

Amoebotaenia cuneata

Amoebotaenia cuneata measures 4 mm long. The anterior
end is triangular in shape due to the pointed scolex. The
rostellum is armed with a single row of 12 to 14 distinctive
hooks that are 25 µ to 32 µ long108. Amoebotaenia cuneata
has been recovered from the small intestine of chickens
and other avian species101. Gravid proglottids passed in the
feces are ingested by an earthworm intermediate host.
Earthworm species that have served as intermediate hosts
include the genus Allotophora, Pheritima, Ocnerodrilus,
and Lumbricus108. Amoebotaenia cuneata is not pathologic.
Thus, clinical disease is not observed.

Diagnosis is by identifying gravid proglottids in feces
or adult worms in the intestines, where they appear as
white projections among the duodenal villi. Treatment is
generally not warranted. Control of the intermediate host
helps prevent completion of the transmission cycle. Amoe-
botaenia cuneata does not infect humans.

Choanotaenia infundibulum

Morphology. Adult Choanotaenia infundibulum measure
up to 23 cm long, and possess an armed rostellum bearing
a single row of 16 to 22 hooks that are 25 µ to 30 µ long
each. The eggs of C. infundibulum have elongated fila-
ments and embryonal hooks that measure 18 µ long108.

Hosts and Life Cycle. Choanotaenia infundibulum
has been reported in the small intestine of chickens and
other birds101,108. Gravid proglottids are passed in the feces
and are ingested by intermediate hosts, including horse-
flies, houseflies, grasshoppers, termites, and beetles108,109.

Pathologic Effects and Clinical Disease. Choanotae-
nia infundibulum is nonpathogenic unless present in high
numbers. It is usually not associated with clinical disease.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying gravid proglottids in the feces or adult
worms in the intestine. Dibutyltin dilaurate has been used
effectively for treatment for C. infundibulum infections108.
Control of the intermediate host disrupts completion of
the transmission cycle.

Public Health Considerations. Choanotaenia infun-
dibulum does not infect humans.

Davainea proglottina

Morphology. Adult Davainea proglottina (Syn. Taenia
proglottina) measure up to 4 mm long and have no more

Fig. 10.6 Adult Prosthogonimus macrorchis. Courtesy of Marietta
Voge, University of California.



than nine proglottids. The rostellum is armed with three to
six rows of hooks101 (Figure 10.7).

Hosts. Davainea proglottina has been reported in the
duodenum of chickens, pigeons, and other birds101,111.

Life Cycle. Gravid segments contain D. proglottina
eggs, which hatch when ingested by a snail or slug. Devel-
opment of the infective larval stage in the intermediate
host occurs in three to four weeks. Birds become infected
upon ingestion of the intermediate host. Maturation
requires about two weeks. More than 1,500 cysticercoids
may develop in the slug intestinal tract and can remain
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infective for up to 11 months108. Davainea proglottina have
been documented to live as long as three years108.

Pathologic Effects. Davainea proglottina is highly
pathogenic. Up to 4,000 tapeworms have been reported in
a single infection111. Hemorrhagic enteritis occurs due to
the attachment of adult tapeworms on the duodenal
mucosa, which results in inflammation, hemorrhage, and
mucosal thickening.

Clinical Disease. Affected birds have diarrhea,
lethargy, and ruffled feathers. Levine reported a 12%
reduction in weight in affected birds112.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the gravid proglottids in the feces or the
adult tapeworms in intestinal scrapings101. The tapeworm
may be eliminated with Butynorate (dibutyltin dilaurate),
which is approved for treatment of D. proglottina. Control
of the intermediate host prevents transmission.

Public Health Considerations. Davainea proglottina
is not zoonotic.

Fimbriaria fasciolaris

Fimbriaria fasciolaris adult worms measure 5 cm to 43 cm
long by 1 mm to 5 mm wide. Adult worms have a distinc-
tive flaring anterior neck region (pseudoscolex) and unseg-
mented strobila. The rostellum is armed with 10 to 12
hooks measuring 17 µ to 27 µm in length108. Fimbriaria
fasciolaris has been reported in the small intestine of anser-
iformes and chickens101,111. Tapeworm cysticercoids of 
F. fasciolaris develop in a copepod crustacean (Diaptomus
sp. or Cyclops sp.). Birds subsequently become infected
when they drink water containing infected copepods108.
Fimbriaria fasciolaris is nonpathogenic. Thus, clinical dis-
ease is not observed.

Diagnosis is by identifying the proglottids in the feces
or the adults in the intestines. Treatment is generally not
warranted. Reducing exposure to contaminated water con-
taining the infected copepods prevents infection. Fimbri-
aria fasciolaris is not zoonotic.

Hymenolepis cantaniana

Hymenolepis cantaniana is 2 cm long and 1 mm wide, and
bears rostellar hooks108. Hymenolepis cantaniana has been
reported in the small intestine of chickens and other
birds111. Specific details on the life cycle of H. cantaniana
are sparse. It is known that the dung beetle serves as the
intermediate host108. Each beetle can carry 100 or more
cysticercoids. Hymenolepis cantaniana is considered non-
pathogenic; therefore, clinical disease is not observed.

Fig. 10.7 A diagram of an adult Davainea proglottina. Reproduced
from Lapage, G. (1962) with permission.



A definitive diagnosis is made by identifying the gravid
proglottids in the feces or the adults in the intestines.
Because H. cantaniana is considered nonpathogenic, treat-
ment is not needed. Control of the intermediate host aids
in the prevention of H. cantaniana infection. Hymenolepis
cantaniana has not been reported in humans.

Hymenolepis carioca

Morphology. Hymenolepis carioca is a slender, threadlike
worm measuring 3 cm to 8 cm long and 0.5 mm wide.
The rostellum is unarmed, but rostellar sacs are present108.

Hosts and Life Cycle. Hymenolepis carioca occurs in
the intestines of the chicken and other avian species111.
Details on the life cycle of H. carioca are lacking. Birds
become infected by ingesting an insect intermediate host,
usually a beetle (Figure 10.8)113. Dung beetles or ground
beetles are the most common source of infection108. The
metacestode stage develops in the insect and the adult stage
develops in the chicken two to four days post-infection.

Pathologic Effects and Clinical Disease.
Hymenolepis carioca is not usually considered pathogenic.
Birds have been known to harbor several hundred worms
without any pathologic lesions108. However, Jha and co-
workers reported chronic inflammation and enteritis in
birds infected with H. carioca114. Because H. carioca is usu-
ally nonpathogenic, clinical disease is not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the gravid proglottids in the feces or
the adult tapeworm in the intestines. Butynorate
(dibutyltin dilaurate) is the only approved drug for the
treatment of H. carioca infection108. It can be administered
at the level of 500 mg/kg of feed115. Control of the inter-
mediate host (beetles) prevents disease transmission.
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Public Health Considerations. Hymenolepis carioca
has not been reported in humans.

Hymenolepis megalops

Hymenolepis megalops is a small tapeworm. Adult worms
measure 3 mm to 6 mm long and bear a 1-mm to 2-mm
scolex108. The rostellum is unarmed. Hymenolepis megalops
has been recovered from the cloaca or bursa of Fabricius 
of waterfowl108. Gravid proglottids are passed in the feces
and are ingested by an ostracod crustacean. Waterfowl 
subsequently become infected after eating the infected
intermediate host108. Hymenolepis megalops is considered
pathogenic but few details are available. Likewise, details
on the clinical manifestations for H. megalops are scarce. As
for other members of the genus, dibutyltin dilaurate would
probably be effective. Control of the intermediate host
prevents transmission. Hymenolepis megalops is not
zoonotic.

Raillietina cesticillus

Morphology. Adult R. cesticillus can measure up to 15 cm
long108. It has a distinctive scolex, which has a wide rostel-
lum with 300 to 500 hammer-shaped hooks108. Gravid
proglottids contain eggs that are 75 µ to 88 µm in diameter
(Figure 10.9).

Hosts and Life Cycle. Raillietina cesticillus has been
reported in the small intestine of chickens and other avian
species101,111,116. Gravid proglottids are passed in the feces
and ingested by an intermediate host (Figure 10.10). More
than 100 species of beetles can serve as intermediate
host108. Birds become infected by ingesting infected
beetles. It takes approximately two to four weeks to com-
plete the tapeworm life cycle.

Fig. 10.8 A schematic diagram of the life cycle of Hymenolepis carioca. Courtesy of Marietta Voge, University of California.



Fig. 10.9 Raillietina cesticillus. (A), (B) Scolex with distinctively shaped rostellum. (C) Mature proglottid. (D) Egg. (A),(C) Reproduced from
Wehr, E.E. (1965) with permission. (B),(D) Courtesy of W.M. Reid, University of Georgia.

Fig. 10.10 A schematic diagram of the life cycle of Raillietina cesticillus. Courtesy of Marietta Voge, University of California.
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Pathologic Effects and Clinical Disease. Pathologic
findings include enteritis with degeneration of epithelial
cells, infiltration by macrophages and lymphocytes, and
proliferation of connective tissue114. Clinical disease is not
observed in birds affected with R. cesticillus.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the gravid proglottids in the feces, or
the adult tapeworm in the small intestines. Butynorate
(dibutyltin dilaurate) is approved for the treatment of R.
cesticillus infection117. Pote and co-workers reported 100%
efficacy of fenbendazole when administered in the diet at
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240 ppm (104.3 mg/kg BW) for six days118. Control of the
intermediate host prevents completion of the life cycle.

Public Health Considerations. Raillietina cesticillus
is not zoonotic.

Raillietina echinobothrida

Morphology. Adult Raillietina echinobothrida worms
measure up to 25 cm in length116. The rostellum is armed
with two rows of large hooks116. Gravid proglottids con-
tain eight to 12 eggs each (Figure 10.11)119.

Fig. 10.11 Raillietina echinobothrida. (A),(B) Scolex. (C) Gravid proglottid. (A) Courtesy of W.M. Reid, University of Georgia. (B) Reproduced
from Lapage, G. (1962) with permission. (C) Reproduced from Wardle, R.A. and McLeod, J.A. (1952) with permission.



Hosts. Raillietina echinobothrida has been reported in
the small intestine of chickens, grey quails (Coturnix
coturnix), and other birds111,116,120.

Life Cycle. Gravid proglottids are passed in the feces
and ingested by an ant, the intermediate host111. These
eggs hatch and develop into infective larvae within the
ant’s body cavity121. The avian host becomes infected by
ingesting an infected ant. It takes three weeks to complete
the life cycle of R. echinobothrida.

Pathologic Effects and Clinical Disease. Raillietina
echinobothrida is highly pathogenic and causes intestinal
wall nodules due to worm penetration. Nodules measure
1 mm to 6 mm in diameter122, and are visible on the
serosal surface (Figure 10.12). In addition, catarrhal,
hyperplastic enteritis with lymphocytic, polymorphonu-
clear, and eosinophilic infiltrates has been reported with
R. echinobothrida infections108. Samad and co-workers
reported anemia with an increase in total leukocyte counts,
and a decrease in total serum protein123. Affected birds are
weak, emaciated, and often have diarrhea116. Anemia has
also been noted123.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding gravid proglottids in the feces, along with clini-
cal signs and pathological lesions. Treatment with
dibutyltin dilaurate is most likely effective. Ant control
disrupts the transmission cycle.
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Public Health Considerations. Raillietina echinoboth-
rida is not zoonotic.

Raillietina georgiensis

Adult Raillietina georgiensis measure 15 cm to 38 cm by
3.5 mm. The scolex bears two rows of 230 rostellar hooks
that are 12 µm to 23 µm long and have eight to 10 circles
of 8-µ to 13-µ acetabular hooks108.

Raillietina georgiensis is found in the small intestine of
turkeys. Gravid proglottids passed in the feces are ingested
by a small brown ant (Pheidole vinelandica). The eggs
hatch and infective larvae develop in the ant’s body cavity.
It takes approximately three weeks to complete the life
cycle108. Severely infected birds develop enteritis. However,
most birds do not show any clinical signs of disease.

Diagnosis is by identifying gravid proglottids in the
feces or adults in the intestines. Dibutyltin dilaurate is
probably effective against R. georgiensis but it is not regis-
tered for use against turkey tapeworms108. Control of the
intermediate host prevents completion of the transmission
cycle. Raillietina georgiensis does not infect humans.

Raillietina tetragona

Morphology. Adult Raillietina tetragona measure up to
25 cm long and 3 mm wide. The tapeworm is distin-
guished from other members of the genus by its oval suck-
ers, which have eight to 12 rows of 3-µm to 8-µm long
hooks. The rostellum is armed with 90 to 100 hooks mea-
suring 6 µ to 8 µ long. These are arranged in either single
or double row108.

Hosts and Life Cycle. Raillietina tetragona has been
reported in the small intestine of chickens, pigeons, and
other birds116. The life cycle of R. tetragona is similar to
that of R. echinobothrida116. The ant is the intermediate
host116.

Pathologic Effects and Clinical Disease. Reduced
glycogen levels in the liver and intestinal mucosa have been
found in birds infected with R. tetragona124. Jha and co-
workers reported enteritis with epithelial cell degeneration,
lymphocyte and macrophage infiltration, and connective
tissue proliferation. Total white blood cells were also
diminished114,125. Nadakal and Nair reported weight loss
and decreased egg production in experimentally infected
birds124.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying proglottids in the feces or adults in the
intestine. Dibutyltin dilaurate has been an effective treat-
ment for R. tetragona. Oral oxfendazole was 100%

Fig. 10.12 Lesions produced by Raillietina echinobothrida in the
chicken intestine. Reproduced from Wehr, E.E. (1965) with permission.



effective in chickens at 7.5 mg/kg for adult tapeworms and
10 mg/kg for immature tapeworms126. Likewise, prazi-
quantel was 100% effective at 5 mg/kg, 7.5 mg/kg, or
10 mg/kg for immature tapeworms and 100% effective at
10 mg/kg for adult tapeworms in chickens127. In addition,
Rajendran and Nadakal128 reported that praziquantel at a
dosage of 0.15 ml/kg in liquid form was also effective
when given intramuscularly in the chicken. Elowni and
co-workers did not find niclosamide to be effective129.
Control of the intermediate host disrupts transmission.

Public Health Considerations. Raillietina tetragona
does not infect humans.

NEMATODES

Superfamily Rhabditoidea

Strongyloides avium

Strongyloides avium has been reported in chickens,
turkeys, geese, grouse, and quail130,131. Infection occurs
through ingestion of the infective, free-living larvae130.
Adult female worms inhabit the small intestine and ceca.
First-stage larvae are passed in the feces. Larvae reach the
infective third stage in the environment. Strongyloides
avium is pathogenic in young birds, where it causes
enteritis and a cecal wall thickening. Adult birds show no
clinical signs of infection, while young birds develop
bloody diarrhea130.

Diagnosis is by identifying the larvae in the feces,
using a direct smear or Baermann technique, along with
clinical signs and lesions. Adult worms can also be identi-
fied in the small intestines and cecum. Tetramisole has
some efficacy against S. avium131. Proper sanitation and
good management are important for preventing infection
with S. avium. Frequent removal of the feces can limit the
spread of infection. Strongyloides avium has not been
reported in humans.

Strongyloides oswaldoi

Strongyloides oswaldoi has been reported in the small intes-
tines of chickens132. The life cycle is similar to that of
S. avium. Strongyloides oswaldoi is pathogenic in young
birds but not in adults. Enteritis and a thickened cecal wall
have been reported in young birds. Adult birds have 
unapparent infections. Affected younger birds often have
bloody diarrhea132. Diagnosis and prevention of S. oswal-
doi are as described for S. avium.
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Superfamily Heterakoidea

Ascaridia bonasae

Ascaridia bonasae has been found in the small intestine of
the grouse. This species has often been mistaken for A. galli
but it is smaller in size. Males measure 10 mm to 35 mm
with 1.8-mm to 2.7-mm spicules of equal length. Females
measure 30 mm to 50 mm in length131. The life cycle of
A. bonasae is similar to that of A. galli. It is unknown
whether A. bonasae causes pathologic changes or clinical dis-
ease. Diagnosis, treatment, and prevention are as described
for A. galli. Ascaridia bonasae does not infect humans.

Ascaridia columbae

Ascaridia columbae has been reported in the small intestine,
esophagus, proventriculus, gizzard, liver and coelomic cav-
ity of pigeons and doves131. Geese and chukars may serve as
paratenic hosts133. Adult male A. columbae measure 50 mm
to 70 mm long and possess 1.2-mm to 1.9-mm spicules of
equal length. Unlike other avian Ascaridia species, A.
columbae males have the fourth pair of ventral papillae
located adjacent to the anus. Females measure 20 mm to
95 mm131. The life cycle of A. columbae is similar to that of
A. galli, except that the second larval stage can penetrate
the intestines to reach the lung and liver, where further
development does not occur134. Ascaridia columbae larvae
migrate to the liver and produce granulomatous lesions
with leucocytic infiltration134. Affected birds may develop
diarrhea.

Diagnosis, treatment, and prevention are as described
for A. galli. Ascaridia columbae is not zoonotic.

Ascaridia compar

Ascaridia compar is found in the small intestines of grouse,
partridges, pheasants, and quail. Adult male worms measure
36 mm to 48 mm long and have 1.8-mm long spicules.
Unlike other Ascaridia sp., A. compar males possess four
pairs of pre-anal papillae (two pairs located near the pre-anal
sucker and two pairs anterior to the anus). Adult females
measure 84 mm to 96 mm long131. The life cycle of A. com-
par is similar to that of A. galli. Vassilev135 reported that
A. compar in partridges develops only in the lumen and does
not penetrate the intestinal wall. The larvae undergo a two-
stage molt which occurs at six to seven days and then at 12
to 13 days post-infection. Ascaridia compar eggs can remain
viable for at least 493 days135. Pathologic changes and clini-
cal disease caused by A. compar have not been described.



Diagnosis, treatment33, and prevention are as
described for A. galli. Ascaridia compar is not zoonotic.

Ascaridia dissimilis

Ascaridia dissimilis has been reported in the small intestines
of turkeys. Ascaridia dissimilis is similar to A. galli in mor-
phology. Males measure 35 mm to 65 mm in length and
possess 1.3-mm to 2.2-mm long spicules that have
rounded ends. Unlike other members of the genus, males
have the first pair of pre-anal papillae opposite the pre-anal
sucker, and the closely adjacent ventral pair of post-anal
papillae directly behind the anus. Females measure 50 mm
to 105 mm131. The life cycle of A. dissimilis is similar to
that of A. galli. However, A. dissimilis eggs embryonate in
nine to 10 days and the larvae mature in the lumen around
30 days. Ascaridia dissimilis eggs can survive on the turkey
egg shell136. Mortality has been associated with heavy
worm burdens of A. dissimilis137,138. A high number of
turkey flocks are affected with A. dissimilis139 and aberrant
migration of A. dissimilis has resulted in white hepatic foci
as a result of granuloma formation140. Affected birds
develop diarrhea141.

Diagnosis, treatment142, and prevention are as
described for A. galli. Ascaridia dissimilis is not zoonotic.

Ascaridia galli

Morphology. Ascaridia galli (Syn. Ascaridia lineata) (the
“chicken roundworm”) is a large, white worm that has three
large lips131. Males range in size from 50 mm to 76 mm
long by 490 µ to 1210 µ wide. There is a circular pre-anal
sucker with a chitinous wall. The tail has narrow caudal alae
and 10 pair of papillae. The first pair of ventral caudal
papillae is anterior to the pre-anal sucker, while the fourth
pair is separated from the other pairs (Figure 10.13). The
spicules are symmetrical and narrow, and there is a slight
indentation of the tail. The female worm measures 60 mm
to 116 mm by 900 µ to 1,800 µ. The eggs of A. galli are
elliptical and thick-shelled, and measure 70 µ to 80 µ by
45 µ to 50 µ131,143 (Figure 10.14).

Hosts. Ascaridia galli has been reported in the small
intestine of chickens, turkeys, doves, ducks, geese, and
guinea fowl131.

Life Cycle. The life cycle of A. galli is direct. Transmis-
sion is via ingestion of an embryonated egg, which hatches in
the proventriculus or duodenum. Larvae live free in the duo-
denum for nine days before penetrating the mucosa131. They
return to the lumen eight to nine days later, where they
mature by 28 to 30 days post-ingestion131. Grasshoppers and
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earthworms can ingest the infective egg and remain infective
to the bird host, although no development occurs in these
paratenic hosts. Adult A. galli pass eggs, which become
infective in 10 to 12 days, in the feces. Eggs are very resistant
to environmental stress, such as low temperature, and can
survive for prolonged periods of time in the environment.
Resistance to A. galli infection may involve genetic factors144.

Pathologic Effects and Clinical Disease. Pathologic
effects have been associated with severe A. galli infection,
and include intestinal blockage, weight loss, anemia,
hypoglycemia, increased urates, atrophic thymus glands,
depressed growth, and death145. Although anemia was
present, there were no effects on blood protein levels,
packed cell volumes, or hemoglobin levels146. Total

Fig. 10.13 Ascaridia galli from the chicken small intestine. Repro-
duced from Wehr, E.E. (1965) with permission.

Fig. 10.14 Ascaridia galli eggs at 400 � magnification. Reproduced
from Benbrook, E.A. and Sloss, M.W. (1961) with permission.



leukocyte counts were elevated147. Infection with A. galli
may exacerbate other disease conditions and may facilitate
transmission of avian reoviruses131. Worms have also been
recovered from bird eggs148. Affected birds may develop
diarrhea and weight loss.

Diagnosis. Diagnosis is by identification of A. galli
eggs in the feces or adult worms in the small intestine,
along with clinical signs and lesions.

Treatment. Effective treatments include piperazine
compounds. For chickens and turkeys, piperazine can be
given in the water (0.1% to 0.2%). Chickens otherwise
can be given a single oral treatment of 50 to 100 mg/bird.
Turkeys younger than 12 weeks should receive 100 mg/bird
orally, while those older than 12 weeks should receive 100
to 400 mg/bird orally131. Levamisole (25 mg/kg) was more
effective than thiabendazole (70 mg/kg) when given orally
for four days. A water-suspensible fenbendazole at 60.6 ppm
in the drinking water via automatic medicators for six
hours on three consecutive days was also effective149. Iver-
mectin, 0.07 to 0.14 mg/kg per adult guinea fowl, was
effective when given subcutaneously150.

Prevention. Proper sanitation and good management
practices are effective control strategies. Because the eggs
do not embryonate until 10 to 12 days, proper sanitation
and good management practices aid in preventing infec-
tions.

Public Health Considerations. Ascaridia galli has
not been reported in humans.

Ascaridia numidae

Ascaridia numidae has been reported in the small intestine
and cecum of guinea fowl. Ascaridia numidae is smaller
than A. galli. Males measure 19 mm to 35 mm long and
possess 3-mm spicules. Males also have 10 pairs of caudal
papillae; two pairs are pre-anal and two pairs are adanal.
Females measure 30 mm to 50 mm long131. The life cycle
of A. numidae is similar to that of A. galli except that
A. numidae larvae remain in the lumen for four to 14 days
prior to penetration of the small intestinal mucosa131. The
pathologic changes found in birds infected with A. numi-
dae have not been fully described. Affected birds can have
diarrhea. Diagnosis, treatment, and prevention are as
described for A. galli. Ascaridia numidae is not of public
health concern.

Heterakis dispar

Morphology. Adult male worms measure 7 mm to 18 mm
long and have a pre-anal sucker that measures 109 µ to
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256 µ in diameter with 390-µ to 730-µ spicules. Females
measure 16 mm to 23 mm. Eggs of H. dispar are 59 µ to
62 µ by 39 µ to 41 µ131.

Hosts and Life Cycle. Heterakis dispar has been iden-
tified in the ceca of ducks and geese131. Eggs pass out in
the feces and become infective in approximately two
weeks. Following ingestion by a suitable avian host, eggs
hatch in the upper intestine, and the larvae migrate to the
cecum within 24 hours. Alternatively, eggs passed in the
feces may also be ingested by an earthworm. Birds ingest-
ing earthworms carrying larval H. dispar also become
infected131.

Pathologic Effects and Clinical Disease. Heterakis
dispar is nonpathogenic. Thus, clinical signs are not
observed.

Diagnosis, Treatment, and Prevention. A definitive
diagnosis is made by identification of the H. dispar eggs in
the feces or adult worms in the cecum. Fenbendazole has
been effective in the treatment of H. gallinarum in turkeys
and chickens and would likely be an effective treatment for
H. dispar. Proper sanitation and good hygiene help prevent
transmission of H. dispar. Frequent removal of feces
reduces environmental contamination.

Public Health Considerations. Heterakis dispar does
not infect humans.

Heterakis gallinarum

Morphology. Heterakis gallinarum (the “cecal worm”) 
is a white worm that has three equal-sized lips, lateral
membranes that extend the length of the body, and an
esophagus that has a well-developed bulb and valvular
apparatus131. Males measure 7 mm to 13 mm long and
have a straight tail, two large lateral bursal wings, a well-
developed pre-anal sucker, 12 pairs of caudal papillae, and
asymmetrical spicules (one measuring 0.85 mm to 2.8 mm
long and the other measuring 0.37 mm to 1.1 mm long
with a curved tip)131. Females are 10 mm to 15 mm long
and have a narrow pointed tail (Figure 10.15)151. The eggs
of H. gallinarum have a thick shell, are elliptical, and mea-
sure 63 µ to 75 µ by 36 µ to 50 µ131 (Figure 10.16).

Hosts. Heterakis gallinarum has been found in the
ceca of chickens, ducks, geese, grouse, guinea fowl, par-
tridges, pheasants, quail, turkeys, and other birds131.

Life Cycle. Eggs are passed in the feces and embry-
onate in the environment within two weeks. These infec-
tive eggs are ingested and the larvae are hatched within the
small intestine and migrate to the ceca. Earthworms can
also ingest eggs of H. gallinarum and thus serve as a source



of infection for birds131. Cecal worm ova can also serve as a
carrier for the protozoan Histomonas meleagridis.

Pathologic Effects and Clinical Disease. Ring-
necked pheasants, guinea fowl, and chickens are more sus-
ceptible to disease than are other avian species152. Heterakis
gallinarum causes inflammation and thickening of the
cecal wall. In the pheasant, pathologic changes include
congestion, petechial hemorrhages, and thickening of the
mucosa consistent with a chronic diffuse typhlitis211.
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Mucosal and submucosal cecal nodules have been reported
in severe cases153. Hepatic granulomas have been reported
in the chicken154. Clinical disease is uncommon in birds
infected with H. gallinarum.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying H. gallinarum eggs in the feces or adults in
the cecum. Fenbendazole eliminates infection with H. gal-
linarum when administered at a dose of 120 ppm in the
feed for three days or 45 ppm for six days for turkeys155,
and 30 ppm for five or six days or 60 ppm for three days in
chickens156. Pullet hens may be treated with fenbendazole
(30 ppm or 60 ppm in the feed for five days)157. Liquid
piperazine diluted to 3 ml of solution/liter drinking water
to provide 30 to 50 mg of piperazine per liter has proven
effective for treating infected quail33. Lastly, ivermectin
(0.07 or 0.14 mg/kg per adult bird subcutaneous [SQ])
was effective in guinea fowl150. Proper sanitation and good
management practices are effective control strategies. Fre-
quent manure removal reduces worm development and
further contamination of the environment.

Public Health Considerations. Heterakis gallinarum
does not infect humans.

Heterakis isolonche

Morphology. Heterakis isolonche is similar in morphology
to H. gallinarum. Males are 5.9 mm to 15 mm long; have a
70-µ to 150-µ diameter pre-anal sucker; and long, sym-
metrical 0.72-µ to 2.33-µ spicules. Female worms measure
9 mm to 12 mm long. Eggs of H. isolonche are 65 µ to 75 µ
by 37 µ to 46 µ.

Hosts and Life Cycle. Heterakis isolonche has been
recovered from the ceca of ducks, grouse, pheasants,
prairie chickens, quail, and turkeys131,158. The life cycle of
H. isolonche is similar to that of H. gallinarum.

Pathologic Effects and Clinical Disease. Severe
mortality, up to 50%, has been reported in infected pheas-
ants131. Heterakis isolonche invades the cecal mucosa and
causes lymphocytic infiltration and granulation resulting
in nodule formation. These nodules can coalesce to form a
thickened cecal wall131. In pheasants and turkeys, nodules
are composed of granulomata and fibrous hyperplastic tis-
sue158. Pathology is not observed in the quail or grouse.
Affected birds may lose weight and have diarrhea.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying H. isolonche eggs in the feces or adult worms
in the ceca. Fenbendazole is most likely effective, since it is
recommended in the treatment of H. gallinarum infection.
Proper sanitation and good management practices are

Fig. 10.15 Heterakis gallinarum female. Reproduced from Lapage, 
G. (1968) with permission.

Fig. 10.16 Heterakis gallinarum egg at 410 � magnification. Repro-
duced from Benbrook, E.A. and Sloss, M.W. (1961) with permission.



effective control strategies. Frequent manure removal
reduces environmental contamination.

Public Health Considerations. Heterakis isolonche
has not been reported in humans.

Superfamily Subuluroidea

Aulonocephalus lindquisti

Aulonocephalus lindquisti are red worms with a finely stri-
ated cuticle and a head with six 65-µ to 70-µ grooves
extending from the mouth131. Males measure 8 mm to
10.6 mm long by 420 µ to 490 µ wide and have 1.16-mm
to 1.3-mm long spicules. Females measure 10 mm to
14.8 mm long by 430 µ to 590 µ wide and have a tail that
ends in a thin spike. Eggs measure 58 µ by 42 µ to 45 µ131.

Aulonocephalus lindquisti has been reported in the
cecum and large intestine of bobwhites and blue (scaled)
quail131. Specific details on the life cycle of A. lindquisti are
unknown. Aulonocephalus lindquisti is considered non-
pathogenic. Clinical disease has not been observed.

Diagnosis is by identifying A. lindquisti eggs in the
feces or the adults in the ceca. Treatment is not warranted.
Proper sanitation and good management practices prevent
future infections. Aulonocephalus lindquisti is not zoonotic.

Subulura brumpti

Morphology. Subulura brumpti are small nematodes
whose anterior end is curved dorsally131. They have a
hexagonal mouth with six lips that each bear a median
papillae131. Males measure 6.9 mm to 10 mm long by 
340 µ to 420 µ wide, and have a 0.98-mm to 1.1-mm long
esophagus, lateral alae that extend to the middle of the
esophagus, and a tail that is curved ventrally131. Males also
have 10 pairs of caudal papillae (three pre-anal pairs, two
adanal pairs, and five post-anal pairs), 1.22-mm to 1.5-mm
long spicules, and a 170-µ to 220-µ wide pre-anal
sucker131. Females measure 9 mm to 13.7 mm long by
460 µ to 560 µ wide, have a 1-mm to 1.3-mm long esoph-
agus, and a straight and conical tail that ends in a point131.
Eggs are thin-shelled, spherical, and 82 µ to 86 µ by 66 µ
to 76 µ, and are embryonated when passed in the feces131.

Hosts. Subulura brumpti has been reported in chick-
ens, turkeys, doves, ducks, grouse, guinea fowl, partridges,
pheasants, and quail131.

Life Cycle. Subulura brumpti eggs are passed in the
cecal droppings and are immediately infective to an inter-
mediate host, including beetles or cockroaches. After
ingestion by the intermediate host, larvae hatch in four to
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five hours and develop into the infective third-stage larvae
within the insect body cavity. The second-stage larvae was
observed eight days post-infection and the encysted
infective third-stage larvae was observed 12 to 16 days
post-infection159. This intermediate host is then ingested
by a definitive avian host and a fourth-stage larva develops
within two weeks. By day 18 post-infection, the final molt
occurs, and adult S. brumpti begin to lay eggs six weeks
post-infection131,160.

Pathologic Effects and Clinical Disease. Subulura
brumpti does not appear to be pathogenic160. Thus, clinical
signs are typically not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the feces and adult worms in the
cecum. Treatment is not warranted. Because S. brumpti is
immediately infective to the intermediate hosts, control of
the life cycle is of utmost importance to control future
infections.

Public Health Considerations. Subulura brumpti
has not been reported in humans.

Subulura strongylina

Subulura strongylina has been reported in the ceca of chick-
ens, guinea fowl, and quail. Adult male worms measure
4.4 mm to 12 mm long, and have a V- or O-shaped curved
tail, a 169-µ wide pre-anal sucker, 11 pairs of caudal papil-
lae, and 890-µ to 1,200-µ long spicules131. Female worms
measure 5.6 mm to 18 mm long131. Eggs measure 84 µ by
67 µ and are embryonated when passed in the feces131. The
life cycle of S. strongylina likely resembles that of S. brumpti.
Subulura strongylina is not pathogenic. There were no
reportable lesions produced in the quail ceca131. Thus,
clinical signs are not observed.

Diagnosis is by identifying S. strongylina eggs in the
feces or the adults in the ceca. Treatment is not warranted.
Because S. strongylina is immediately infective to the inter-
mediate hosts, its control is of utmost importance to con-
trol future infections. Subulura strongylina does not infect
humans.

Subulura suctoria

Subulura suctoria has been reported in the small intestine
and ceca of chickens, turkeys, guinea fowl, partridges,
pheasants, and quail131. Subulura suctoria is larger than
S. brumpti. Males measure 11.8 mm to 13.8 mm long by
359 µ wide and have 1-mm to 1.5-mm long curved
spicules. Female worms measure 20 mm to 33 mm long.
Eggs are 51 µ to 70 µ by 45 µ to 64 µ131. The life cycle is



similar to that of S. brumpti. Beetles serve as the intermedi-
ate host131. Subulura suctoria is nonpathogenic161,162.
Thus, clinical disease had not been reported.

Diagnosis and prevention are as described for S.
brumpti. Treatment is not needed, since S. suctoria is non-
pathogenic. However, ivermectin given subcutaneously
(0.07 mg/kg or 0.14 mg/kg) to adult guinea fowl was effec-
tive150. Subulura suctoria is not of public health concern.

Superfamily Strongyloidea

Cyathostoma bronchialis

Morphology. Adult Cyathostoma bronchialis are sexually
dimorphic. Adult males measure 8 mm to12 mm long by
200 µ to 600 µ wide, and have long and slender spicules
measuring 540 µ to 870 µ long131. Adult females measure
16 mm to 30 mm long by 750 µ to 1500 µ wide. Eggs are
operculated and measure 68 µ to 90 µ by 43 µ to 60 µ.

Hosts. Cyathostoma bronchialis has been reported nat-
urally in the larynx, trachea and bronchi, and abdominal
air sacs of ducks, geese and turkeys, and experimentally in
chickens131,163.

Life Cycle. Infection can occur through direct infection
with third-stage larvae, or via ingestion of an infected earth-
worm intermediate host. Following ingestion, third-stage
larvae migrate to the lungs via the coelomic cavity and air-
sacs164. From the lungs, larvae migrate to the trachea, where
they mature and copulate within two weeks of ingestion164.

Pathologic Effect. Fernando and co-workers
reported that experimentally infected geese develop bron-
chitis of the primary, secondary, and tertiary bronchi.
There is hyperplasia of the epithelium in the primary
bronchus. Generalized pneumonitis was also reported due
to the aspiration of C. bronchialis eggs165.

Clinical Disease. Morbidity rates of up to 80% and
mortality rates of up to 20% have been reported in a flock
of domestic geese166. Affected birds may develop respira-
tory difficulty and gaping.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the eggs in the feces, observation of
clinical signs, or recovery of the adults in the trachea. Thi-
abendazole, as recommended for Syngamus trachea, is
effective. Proper sanitation, including frequent removal of
feces, aids in preventing infection with C. bronchialis.

Syngamus trachea

Morphology. Syngamus trachea is also called the gape worm,
redworm, or forked worm131. Adults are sexually dimorphic.
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Males are 2 mm to 6 mm long by 200 µ wide, with short,
slender 57-µ to 64-µ spicules. Females are 5 mm to 20 mm
long by 350 µ wide (Figure 10.17). The eggs are elliptical,
operculated, and measure 90 µ by 49 µ131 (Figure 10.18).
Adult worms appear bright red, and the male and female
form a Y-shape as they are locked in copulation131. The
mouth of S. trachea has an orbicular shape that has a hemi-
spheric chitinous capsule containing eight sharp teeth at the
base. There is a chitinous plate surrounding the mouth that
is formed by six festoons. The male has an asymmetrical
bursa that is obliquely truncated with short rays. The female
has a conical tail with a pointed process and a vulva that is
placed in the upper quadrant of the body131.

Hosts. Syngamus trachea has been reported in the tra-
chea, bronchi, and bronchioles of chickens, turkeys, geese,
guinea fowl, pheasants, peafowl, quail, and some passeri-
forms101,131.

Life Cycle. The life cycle of S. trachea may be direct or
indirect. In the direct life cycle, birds become infected by
ingesting embryonated eggs or infective larvae. In the indi-
rect life cycle, birds become infected by ingesting earth-
worm intermediate hosts131. Adult females release eggs into
the tracheal lumen. The eggs are carried to the oropharynx,
swallowed, and are passed into the feces. Eggs of S. trachea

Fig. 10.17 Syngamus trachea male and female. Reproduced from
Wehr, E.E. (1965) with permission.



embryonate and hatch in eight to 14 days, depending on
environmental temperature and moisture content.

Free-living larvae may be ingested by an earthworm,
slug, or snail, and live within the body cavity or encyst in
its muscles, where they can remain infective for up to four
years131. Following ingestion, infective larvae penetrate the
crop or esophageal wall and migrate to the lungs. They can
also enter the duodenum, penetrate the intestinal wall, and
enter the lungs via the portal blood vessels167. In the lungs,
they molt and develop into adults within two weeks after
ingestion.

Pathologic Effects. Syngamus trachea attach to the
posterior tracheal mucosa (Figure 10.19), where they cause
tracheal obstruction with bloody mucus and tracheitis. As
a result of localized inflammation, nodules may form at the
site of attachment of male worms. The females detach and
reattach so nodules are less likely to form at their attach-
ment sites. Nodules are common in turkeys and pheasants
but not in chickens and guinea fowl131. Hwang and co-
workers reported marked heterophilia, monocytosis,
eosinophilia, and lymphocytopenia, and a decreased
packed cell volume in experimentally affected turkeys168.

Clinical Disease. Young birds are more severely infected
than older birds. Affected birds develop characteristic signs of
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respiratory difficulty, including dyspnea, asphyxia, coughing,
and the characteristic open mouth with head extension (“gape”).

Diagnosis. Diagnosis is by identifying the eggs in the
feces along with the characteristic gape, or by identifying
the adults in the trachea.

Treatment. Some have reported that thiabendazole 
is effective in treating birds infected with S. trachea101.
However, others have reported that in chickens, thiaben-
dazole (500 mg/kg) was least effective when compared to
albendazole (15 mg/kg) or mebendazole (40 mg/kg)169.
Levamisole (2 mg/100g body weight, given subcutaneously)
has been effective for treating pheasants33. Fenbendazole
(100 ppm in the feed for four days) also eliminated 
the infection in pheasants157. Albendazole (5 mg/kg or 
10 mg/kg) given orally for three to five days was effective
in turkeys170. For geese, flubendazole was effective when
given at 30 ppm in the feed for seven days171.

Prevention. Proper sanitation and good management
practices can reduce infections. Frequent removal of feces
reduces environmental contamination.

Public Health Considerations. Syngamus trachea
does not infect humans.

Superfamily Trichostrongylidae

Amidostomum anseris

Morphology. Amidostomum anseris is a slender red worm
in the family Trichostrongylidae, subfamily Amidostom-
atinae. Adults have a buccal cavity containing three

Fig. 10.18 Egg of Syngamus trachea. Reproduced from Soulsby, E.J.L.
(1982) with permission.

Fig. 10.19 Syngamus trachea adults attached to the tracheal mucosa in
a chicken. Reproduced from Wehr, E.E. (1965) with permission.



pointed teeth. Males measure 10 mm to 17 mm long by
250 µ to 350 µ wide, and possess spicules 200 µ in length.
Females measure 12 mm to 24 mm long by 200 µ to 400 µ
wide. The thin-shelled eggs measure 85 µ to 110 µ by 50 µ
to 82 µ131.

Hosts and Life Cycle. Amidostomum anseris has been
reported under the koilin layer of the gizzard in the duck,
goose, and pigeon131. Eggs are passed in the feces and
hatch within a few days. Infective larvae are ingested by a
susceptible host bird. Adult worms are found in the gizzard
about 40 days after ingestion131.

Pathogenic Effects and Clinical Disease. In severely
infected birds, gizzard linings become hemorrhagic and
necrotic, and they slough. Affected birds are anorexic,
emaciated, and lethargic, and may develop a staggering
gait and impacted esophagus172.

Diagnosis. A definitive diagnosis can be made by
identifying the A. anseris eggs in the feces or the adults in
the gizzard.

Treatment. Cambendazole (60 mg/kg) is effective
against adult worms and larvae173. Pyrantel (100 mg/kg) is
effective for adult worms. Mebendazole (10 mg/kg for
three days) and fenbendazole have also proven effec-
tive131,174. Vanparijs reported that flubendazole was effec-
tive at 30 ppm in the feed for seven consecutive days in
geese171. Cencek and co-workers reported success with
ivermectin (200 µg/kg SQ) in geese175.

Prevention. Proper sanitation and good management
practices help prevent future infections.

Public Health Considerations. Amidostomum anseris
has not been reported in humans.

Amidostomum skrjabini

Amidostomum skrjabini is smaller than A. anseris. Males
measure 7.5 mm to 8.8 mm long by 100 � to 130 � wide,
and have 115-� to 125-� spicules. Females measure 9 mm
to 11 mm long by 101 � to 120 � wide. Eggs are 70 � to
80 � by 40 � to 50 �131. Amidostomum skrjabini
(Sclerostoma monodon, Strongylus acutus, S. monodon,
Amidostomum monodon, A. chevreuxi, A. anatinum, A.
fuligulae,  A. biziurae, A. boschadis, A. orientale, and A. acu-
tum) has been reported under the gizzard koilin layer of
ducks and pigeons. Chickens may be infected experimen-
tally131. The life cycle of A. skrjabini is similar to that of A.
anseris. The koilin layer of the gizzard often hemorrhages
and sloughs. Affected birds can be anorexic and emaciated.
Diagnosis, treatment, and prevention are as described for
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A. anseris. Amidostomum skrjabini has not been reported in
humans.

Epomidiostomum uncinatum

Epomidiostomum uncinatum is in the family Trichostrongy-
lidae, subfamily Amidostomatinae. It has been found under
the gizzard koilin layer of ducks, geese, and pigeons. Chick-
ens may be experimentally infected131. Epomidiostomum
uncinatum is similar to Amidostomum except that its buccal
capsule does not have teeth, and its anterior end bears a pair
of nodules. Males measure 6.5 mm to 7.3 mm long by 
150 � wide and have spicules measuring 120 � to 130 �
long. Females measure 10 mm to 11.5 mm long by 230
mm to 240 mm wide. Eggs measure 74 � to 90 � long by
45 � to 50 � wide131. Epomidiostomum uncinatum has been
reported in ducks, geese, and pigeons. Epomidiostomum
uncinatum eggs are passed in the feces and can become
infective third-stage larvae within four days. These infective
larvae are then ingested by a susceptible bird176. The extent
to which E. uncinatum causes pathologic changes or clinical
disease is unknown.

Diagnosis is by identifying eggs of E. uncinatum in feces
or the adults in the gizzard. Treatment regimens used for Ami-
dostomum may also be effective against E. uncinatum. Proper
sanitation and good management practices  are likely to be
effective in preventing future infections. Epomidiostomum
uncinatum has not been reported in humans.

Trichostrongylus tenuis

Morphology. Trichostrongylus tenuis is a slender worm in
the family Trichostrongylidae. Adults have three small lips.
Males measure 5.5 mm to 9 mm long by 48 � wide, and
have brown, twisted spicules. Adult female worms measure
6.5 mm to 11 mm long by 77 � to 100 � wide. Eggs are
thin-shelled131.

Hosts and Life Cycle. Trichostrongylus tenuis has
been reported in the small intestine and cecum of chick-
ens, ducks, geese, grouse, guinea fowl, pigeons, quail, and
turkeys131,177. The life cycle of T. tenuis is direct. Eggs are
passed in the feces and hatch in 36 to 48 hours and
become infective in about two weeks. These infective lar-
vae are then ingested by a susceptible bird host.

Pathologic Effects and Clinical Disease. Pathologic
changes include mucosal congestion, inflammation, and
thickening. Watson and co-workers reported plicae depres-
sion in the ceca of heavily infected grouse178. Affected
birds lose weight, become anemic, and experience
depressed egg production177.



Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the T. tenuis egg in the feces or the adult
worm in the small intestines. Trichostrongylus tenuis has
been effectively treated using cambendazole (30 mg/kg),
citarin (40 mg/kg), flubendazole (30 ppm in the feed for
seven days), mebendazole (10 mg/kg for three days),
pyrantel tartrate (50 mg/kg), or thiabendazole (75
mg/kg)131,171,173,174. Proper sanitation and good manage-
ment practices prevent infections.

Public Health Considerations. Trichostrongylus
tenuis does not infect humans.

Superfamily Metastrongyloidea

Pelecitus spp.

Morphology. Pelecitus spp. belong to the family Meta-
strongylidae. Adult Pelecitus have a corkscrew-shaped
body. Males measure 8 mm to 11 mm long, have three to 
four pairs of pre-anal papillae and one to two pairs of 
post-anal papillae, and possess a 75-� to 92-� long and a
70-� to 81-� long spicule. Females measure 19.5 mm
long179.

Hosts. Pelecitus species have been reported in subcu-
taneous tissues of a variety of bird species, including
pigeons180 and macaws181. Pelecitus calamiformis, P. 
tercostatus, and P. quadripapillosus have been reported in
psittacines181,182. They are found primarily in the neck,
legs, or feet. Pelecitus major and P. spiralis have been
reported in passerines.

Life Cycle. Pelecitus filariae were observed in con-
gested and hemorrhagic cervical connective tissue of the
pigeon180. Adult Pelecitus were found in the peritracheal
connective tissue and in the deep zone of the subcutaneous
tissue of the neck in the pigeon180. Infection may be 
associated with chronic tenosynovitis in psittacines183 and
subcutaneous nodules on the feet of macaws181.

Pathologic Effects and Clinical Disease. Infections
are usually asymptomatic. However, lameness has been
reported in some infections involving the leg181.

Diagnosis, Treatment, and Prevention. Diagnosis is
often made when adult worms are found during necropsy.
There is no effective pharmaceutical treatment for Pelecitus
infections. Surgical removal of the worms is the only effec-
tive treatment181. Proper sanitation and good management
practices reduce re-infection. Removal of infected birds
limits transmission.

Public Health Considerations. Pelecitus species
found in avian species have not been reported in humans.
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Superfamily Spiruroidea

Cheilospirura hamulosa

Morphology. Cheilospirura hamulosa (Syn. Acuaria hamu-
losa) has two triangular lips. Adult worms have four long
longitudinal cordons which are not anastomosing or recur-
rent. Male worms measure 9 mm to 19 mm in length; 
possess a 1.6-mm to 1.8-mm long by 12-� wide, short,
curved spicule; and a 180-mm to 200-mm by 64-� slender
spicule; and have a tightly coiled tail, two caudal alae, and
10 pairs of caudal papillae131. Adult females measure 
16 mm to 25 mm long and have a pointed tail. Eggs 
measure 40 � by 27 �131.

Hosts. Cheilospirura hamulosa has been found under
the koilin layer of the gizzard of chickens, grouse, guinea
fowl, pheasants, quail, and turkeys131.

Life Cycle. The life cycle of C. hamulosa includes a
grasshopper, beetle, weevil, or sand hopper intermediate
host184. Larvae develop in the muscles of the intermediate
host and become infective to the bird host in 22 days. After
ingestion, larvae mature in the bird at around 76 days131.

Pathologic Effects and Clinical Disease.
Cheilospirura hamulosa is generally nonpathogenic. How-
ever, heavy infestations may result in nodule formation in
the gizzard. Menezes and co-workers also reported finding
hemorrhages, ulcers, and mucosa and koilin thickening in
both pheasants and chickens with low parasite burdens185.
Histologically, there was evidence of chronic diffuse inflam-
mation. Clinical signs are typically not observed in birds
infected with C. hamulosa.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. hamulosa in the feces or the adult
worms in the gizzard. Treatment is generally not
warranted. Because the life cycle of C. hamulosa involves
an intermediate host, control of the intermediate host
helps prevent future infections.

Public Health Considerations. Cheilospirura hamu-
losa does not infect humans.

Cheilospirura spinosa

Morphology. Cheilospirura spinosa is a member of the
family Acuariidae. Males measure 14 mm to 20 mm long
by 183 � to 232 � wide, and have two different types of
spicules. One type measures 660 � to 720 � long and the
other measures 192 � long. The male caudal alae are
similar to those of C. hammulosa. Female worms measure
34 mm to 40 mm long by 315 � to 348 � wide. Eggs
are 39 � to 42 � by 25 � to 27 �131,186.



Hosts. Cheilospirura spinosa has been reported under
the koilin layer of the gizzard in game birds, including
grouse, partridges, pheasants, quail, and turkeys131.

Life Cycle. The life cycle of C. spinosa is similar to
that of C. hamulosa. Grasshoppers serve as the intermedi-
ate host. Worms reach maturity in the avian host 32 days
after ingestion of the intermediate host131, 184.

Pathologic Effects and Clinical Disease. Mild infec-
tions are usually nonpathogenic. Heavy infection results in
hemorrhages of the gizzard lining. Clinical signs are generally
not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. spinosa in the feces or adult
worms in the gizzard. Treatment is not warranted. Because
C. spinosa requires an intermediate host, control of the
intermediate host helps prevent future infections.

Public Health Considerations. Cheilospirura spinosa
does not infect humans.

Cyrnea colini

Morphology. Cyrnea coli is a member of the family
Habronematidae. Adult worms are slender, yellowish, and
resemble Cheilospirura hamulosa. Adults have four lips
which bear four papillae131. Males measure 6 mm long by
250 � wide, and have a 58-� deep buccal cavity, 10 pairs of
pedunculated papillae, and two distinct spicules—
one 2-mm long and the other 365-� to 400-� long.
Females measure 14 mm to 18 mm long by 315 � wide,
and have a 75-� deep buccal cavity. Eggs measure 40.5 �
by 22.5 �131.

Hosts. Cyrnea colini has been reported in the proven-
triculus, especially near the junction with the gizzard, in
chickens, grouse, prairie chickens, quail, and turkeys156.

Life Cycle. Eggs are passed in the feces and are
ingested by the cockroach, Blatella germanica131. The 
C. colini larvae mature in the cockroach 18 days after being
ingested. Mature worms can be found in the bird 41 days
after ingesting the intermediate host131.

Pathologic Effects and Clinical Disease. Cyrnea col-
ini is nonpathogenic. Thus, clinical signs are not observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. colini in the feces or adult worms
in the proventriculus. Treatment is not needed, since 
C. colini is nonpathogenic. Because the cockroach is 
the intermediate host, its control prevents completion of
the C. colini life cycle.

Public Health Considerations. Cyrnea colini does
not infect humans.
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Dispharynx nasuta

Morphology. Dispharynx nasuta is a member of the family
Acuariidae. Male worms measure 7 mm to 8.3 mm long by
230 � to 315 � wide, and possess four pairs of pre-anal
and five pairs of post-anal papillae. Males also have a 
400-� long slender, curved spicule and a shorter, 150-�
long spicule. Females measure 9 mm to 10.2 mm long by
360 � to 565 � wide. Eggs are embryonated when passed
in the feces131.

Hosts. Dispharynx nasuta has been reported in the
proventriculus, esophagus, and small intestine of chickens,
grouse, guinea fowl, partridges, pheasants, pigeons, quail,
turkeys, princess parrots (Polytelis alexandrae), mourning
doves, and numerous passerines7,131.

Life Cycle. Embryonated eggs are passed in the feces,
where they are ingested by pill bugs (Armadillidium
vulgare) or sow bugs (Porcellio scaber), which serve as inter-
mediate hosts of D. nasuta. Within four days after
ingestion, larvae escape and are found in the tissues of the
intermediate host’s body cavity, and they mature into
infective larvae by 26 days. Upon ingestion of the inter-
mediate host, the larvae reach sexual maturity in the avian
host and begin to pass embryonated eggs by day 27 after
ingestion131.

Pathologic Effects and Clinical Disease. In heavy
infections, ulceration is seen in the proventriculus, and the
proventricular wall becomes thickened and macerated131.
Worms burrow into the mucosa, and can be found under
the thickened proventricular tissue131. Lesions consist of
multifocal petechial hemorrhages, excess mucus, mononu-
clear infiltrates, and epithelial desquamation from passer-
ines. Affected birds may become emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of D. nasuta eggs in the feces or adult
worms in the proventriculus. Mebendazole has shown
some efficacy against D. nasuta. Because an intermediate
host is required for the D. nasuta life cycle, control of 
the intermediate host is necessary for the prevention of
future infections.

Public Health Considerations. Dispharynx nasuta
does not infect humans.

Echinura uncinata

Morphology. Echinura uncinata is similar in appearance
to Cheilospirura and Dispharynx. Adult male worms mea-
sure 8 mm to 10 mm long by 300 � to 500 � wide, and



have two dissimilar spicules (one measuring 700 � to 900
� long and the other measuring 350 � long). Females
measure 12 mm to 18.5 mm long by 515 � wide, and pos-
sess a 250-� long tail. Eggs measure 28 � to 37� by 17 �
to 23 �, and are embryonated when laid in the feces131.

Hosts. Echinura uncinata has been reported in the
esophagus, proventriculus, gizzard, and small intestine of
ducks, geese, swans, and other birds131,187.

Life Cycle. Embryonated eggs are passed in the feces,
and are ingested by water fleas (Daphnia spp.). Larvae
become infective in 12 to 14 days. After these infected
water fleas are ingested by the definitive avian host, larvae
reach maturity and begin to lay eggs within five days after
ingestion131.

Pathologic Effects and Clinical Disease. Following
infection, mucosal nodules develop at the sites of worm
attachment. Caseated pus may be associated with these
nodules131. The surface of the proventriculus may become
covered by a thick exudate containing heterophils and
mononuclear cells187. Affected birds become emaciated
and appear lethargic. Some birds may be asymptomatic131.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of E. uncinata in the feces or adult
worms in the intestines. Treatment protocols have not
been developed for E. uncinata. Because water fleas serve as
the intermediate hosts reducing exposure to them prevents
future infections.

Public Health Considerations. Echinura uncinata
does not infect humans.

Gongylonema ingluvicola

Morphology. Gongylonema ingluvicola bears shield-like
markings over the body. The male measures 17 mm to 
20 mm long by 224 � to 250 � wide, has a variable number
of genital papillae, and has two dissimilar spicules (17 mm
to 19 mm long by 7 � to 9 � wide with a barbed point,
and 100 � to 120 � long by 15 � to 20 � wide). Females
measure 32 mm to 55 mm long by 320 � to 490 �
wide131.

Hosts and Life Cycle. Gongylonema ingluvicola has
been reported in the crop, esophagus, and proventriculus
of chickens, partridges, pheasants, quail, and turkeys131.
Details of the life cycle of G. ingluvicola are lacking, but it
involves a beetle (Copris minutus) or cockroach as an inter-
mediate host131.

Pathologic Effects and Clinical Disease. Although
burrows can be formed in the crop mucosa, there is 
minimal pathologic damage with G. ingluvicola. Because the
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pathologic effects of G. ingluvicola are minimal, clinical
disease is rarely reported.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of G. ingluvicola in the feces or adult
worms in the upper gastrointestinal tract, proximal to the
proventriculus. Treatment is not needed because clinical
signs are rarely observed. Because the life cycle of G. inglu-
vicola involves an intermediate host, its control prevents
future infections.

Public Health Considerations. Gongylonema inglu-
vicola has not been reported in humans.

Oxyspirura mansoni

Morphology. Oxyspirura mansoni (avian eyeworm) has a
circular mouth surrounded by a chitinous ring with six
lobes and papillae located in each of the clefts of this
ring131. Oxyspirura mansoni also has three pairs of teeth
(two subdorsal pairs and one subventral pair). Male worms
are 8.2 mm to 16 mm long by 350 � wide, and have a
curved tail, six pairs of papillae (four pre-anal pairs and
two post-anal pairs), and two dissimilar spicules (3 mm to
4.55 mm long and 180 � to 240 � long). Females measure
12 mm to 20 mm long by 270 � to 430 � wide. Eggs
measure 50 � to 65 � by 45 �, and are embryonated when
passed in the feces131.

Hosts. Oxyspirura mansoni has been reported in the
nictitating membrane, conjunctival sacs, and nasolacrimal
ducts of chickens, ducks, grouse, guinea fowl, peafowl,
pigeons, quail, turkeys, and numerous free-living
birds131,188.

Life Cycle. Embryonated eggs of O. mansoni pass in
the feces and are ingested by the cockroach intermediate
host. Larvae develop in the cockroach body cavity to
become infective around 50 days131. Larvae encyst in the
adipose tissue or alimentary tract. These larvae can also
remain free in the body cavity or legs of the cockroach.
After the cockroach is ingested by the avian host, the
infective larvae are released in the crop, migrate up 
the esophagus to the mouth to enter the nasolacrimal duct,
and finally to the conjunctival sac and nictitating mem-
branes of the eye. Adult worms shed embryonated eggs into
the tears, where they are swallowed and passed out with the
feces131.

Pathologic Effects and Clinical Disease. Infection
leads to ophthalmia and swollen nictitating membranes.
Affected birds may scratch at their eyes. Moreover, the 
nictitating membrane is swollen and protrudes out of the
corner of the eye. Eyelids can also stick together and white



debris can be present under these eyelids. Severe infections
can result in the loss of an eye131.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of O. mansoni in the feces or adult
worms in the eye. Specific details on effective treatment
regimens of O. mansoni are lacking. Because the cockroach
is the intermediate host of O. mansoni, its control helps
prevent future infections.

Public Health Considerations. Oxyspirura mansoni
has not been reported in humans.

Oxyspirura petrowi

Morphology. Oxyspirura petrowi is a member of the family
Thelaziidae. Adult worms have seven pairs of cephalic
papillae (four submedian pairs and three circumoral pairs).
Male worms are 6.3 mm to 8.6 mm long by 185 � to
330 � wide and have a 121-� to 320-� long slender
spicule with a sharp tip. Females measure 7.7 mm to 12.3
mm long by 200 � to 455 � wide. Eggs measure 35 � to
44 � by 15 � to 31 �131.

Hosts and Life Cycle. Oxyspirura petrowi has been
reported in the nictitating membrane of grouse, pheasants,
and prairie chickens131. The life cycle of O. petrowi is
similar to that of O. mansoni.

Pathologic Effects and Clinical Disease. The patho-
logic effects and clinical disease caused by O. petrowi are
similar to those of O. mansoni.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the eggs of O. petrowi in the feces or adult
worms in the eye. Specific details on effective treatment
regimens for O. petrowi are lacking. Because the life cycle
of O. petrowi involves the cockroach as an intermediate
host, its control prevents future infections.

Public Health Considerations. Oxyspirura mansoni
has not been reported in humans.

Tetrameres americana

Morphology. Tetrameres americana, the “stomach” or “glob-
ular stomach” worm has three small lips surrounding a buc-
cal cavity. Adult worms are sexually dimorphic131. Males
measure 5 mm to 5.5 mm long by 116 � to 133 � wide, and
have two rows of posteriorly directed spines that extend the
length of the body, cervical papillae, a long and slender tail,
and spicules measuring either 100 � long or 290 � to 312 �
long. Females measure 3.5 mm to 4.5 mm long by 3 mm
wide and are globular in shape. Females are also red in color
and have four longitudinal furrows. Eggs measure 42 � to 50
� by 24 � and are embryonated when passed in the feces131.
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Hosts. Tetrameres americana has been reported in the
proventriculus of chickens, ducks, grouse, pigeons, quail,
and turkeys131.

Life Cycle. The red, globular-appearing adult female
worms may be observed through the serosal surface of the
proventriculus, while the males are primarily observed on
the mucosal surface. Embryonated eggs are passed in the
feces and later ingested by an intermediate host184. Inter-
mediate hosts include grasshoppers (Melanoplus femur-
rubrum and M. differentialis) and a cockroach (Blatella
germanica)184. Following ingestion of the intermediate
host, S. americana larvae escape and develop to the adult
stage. Adult female worms enter the gastric glands to mate
and lay eggs around 45 days post-ingestion184.

Pathologic Effects. Following infection, the walls of
the proventriculus may become markedly thickened131.
Multiple dark red nodules, 2 mm to 6 mm in diameter,
may be present on the proventricular wall189. Adult worms
within the fundic glands may result in compression of the
walls and glands190.

Clinical Disease. Affected birds may not show any
clinical disease. However, heavily infected birds are anemic
and emaciated191. Affected pigeons also develop lethargy,
vomiting, weight loss, diarrhea, and pale skin129,189,190.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the feces or adult worms in the
proventriculus. Piperazine has been used to treat T. fissipina
and would likely be effective for T. americana. Because 
T. americana is immediately infective to the intermediate
host, control of the intermediate host helps prevent future
infections.

Public Health Considerations. Tetrameres americana
is not infectious to humans.

Tetrameres crami

Morphology. Tetrameres crami is smaller than T. americana.
Adult males measure 2.9 mm to 4.1 mm long by 70 � to
92 � wide. Two forms of spicule may be found in the
males. One is curved and measures 136 � to 185 � long
and the other is twisted and measures 272 � to 350 �
long. Female worms measure 1.5 mm to 3.3 mm by 1.2
mm to 2.2 mm wide and have a 113-� to 156-� long tail.
Eggs measure 41 � to 57 � by 26 � to 34 � and are
embryonated when passed in the feces131.

Hosts and Life Cycle. Tetrameres crami has been
reported in the proventriculus of both free-living and
domestic ducks131. The life cycle of T. crami is similar 
to that of T. americana, and involves an amphipod 



(Gammarus fasciatus and Hyalella knickerbock) intermediate
host192. Tetrameres crami larvae become infective to the
duck 29 days after ingestion by the intermediate host. 
In the duck, T. crami matures around 33 days after inges-
tion of the amphipod192.

Pathologic Effects and Clinical Disease. Pathologic
changes have not been described. Heavy infections may
result in emaciation.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying T. crami eggs in the feces or adult worms in
the proventriculus. Piperazine has been used against
Tetrameres fissispina and would likely be effective for 
T. crami. Because T. crami is immediately infective to the
intermediate host, control of the intermediate host will
help to prevent future infections.

Public Health Considerations. Tetrameres crami is
not infectious to humans.

Tetrameres fissispina

Morphology. Tetrameres fissispina is similar in appearance
to T. americana. Adult males measure 3 mm to 6 mm long
by 90 � to 200 � wide, and have four rows of spines and
spicules that measure either 280 � to 490 � or 82 � to
150 � long. Females measure 1.7 mm to 6 mm long by
1.3 mm to 5 mm wide and have a 71-� long tail. Eggs
measure 48 � to 56 � by 26 � to 30 � and are embry-
onated when passed in the feces131.

Hosts and Life Cycle. Tetrameres fissispina has been
found in the proventriculus of free-living and domestic ducks
and geese, and in chickens, guinea fowl, pigeons, quail, and
turkeys131. The life cycle of T. fissispina is similar to that of 
T. americana, and includes amphipods, cockroaches, earth-
worms, and grasshoppers as intermediate hosts156. Tetrameres
fissispina larvae become infective to birds 10 days after 
ingestion by the intermediate host. In the bird, larvae mature
in 18 days131. Fish may also serve as a paratenic host156.

Pathologic Effects and Clinical Disease. Following
infection, the proventriculus becomes thickened, and there
is degeneration, edema, and leukocytic infiltration of the
proventricular glands, as well as catarrhal enteritis193,194.
Affected birds are emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying T. fissispina eggs in the feces or adult worms in
the proventriculus. Piperazine is an effective treatment.
Because T. fissispina is immediately infective to the
intermediate host, its control helps prevent future infections.

Public Health Consideration. Tetrameres fissispina is
not infectious to humans.
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Tetrameres pattersoni

Morphology. Tetrameres pattersoni is similar in appearance to
T. americana131. Females are red and are found in the proven-
tricular glands, whereas the males are on the proventricular
mucosal surface. Males measure 4.2 mm to 4.6 mm long by
140 � to 170 � wide, and have two rows of spines along the
body and one spicule. Female worms measure 5 mm long by
2 mm to 2.3 mm wide, and have an enlarged area between
the vulva and anus. Eggs are 42 � to 46 � by 25 � to 30 �
and are embryonated when passed in the feces131.

Hosts and Life Cycle. Tetrameres pattersoni has
been reported in quail131. The life cycle of T. pattersoni is
similar to that of T. americana, and includes intermediate
hosts such as grasshoppers (Melanoplus femurrubrum or
Chortophaga viridifasciata) or cockroaches (Blatella 
germanica)195.

Pathologic Effects and Clinical Disease. Following
infection, the proventricular walls may become thickened.
Affected birds can be emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying T. pattersoni eggs in the feces or adult worms
in the proventriculus. Piperazine is effective against 
T. fissispina and would likely also be effective against T.
pattersoni. Because T. pattersoni is immediately infective to
the intermediate host, control of the intermediate host
helps prevent future infections.

Public Health Considerations. Tetrameres pattersoni
is not infectious to humans.

Superfamily Filaroidea

Aproctella stoddardi

Morphology. Aproctella stoddardi is a member of the fam-
ily Dipetalonematidae. Aproctella stoddardi is a slender
worm that has a simple mouth with no defined lips156.
Males measure 6 mm to 7.6 mm long by 60 � to 140 �
wide, and have thick, curved spicules that measure 50 � to
60 � long or 73 � to 90 � long. Females measure 13 mm
to 16.5 mm long by 71 � to 260 � wide. Microfilariae are
present in the uteri131.

Hosts and Life Cycle. Aproctella stoddardi has been
reported in the coelomic cavity of doves, grouse, bobwhite
quail, and turkeys131. Specific details on the life cycle of 
A. stoddardi are lacking. However, a biting arthropod is
proposed as the intermediate host131.

Pathologic Effects and Clinical Disease. Aproctella
stoddardi is generally considered nonpathogenic but can be



associated with a granulomatous pericarditis131. Clinical
disease has not been reported in birds infected with 
A. stoddardi.

Diagnosis, Treatment, and Prevention. Diagnosis 
is by identifying adult worms in the body cavity. Treatment
is not needed because A. stoddardi is considered to be non-
pathogenic. Because a biting arthropod is proposed to be
the intermediate host, control of biting insects is necessary
to prevent future infections.

Public Health Considerations. Aproctella stoddardi
has not been reported in humans.

Singhfilaria hayesi

Morphology. Singhfilaria hayesi is a member of the family
Onchocerciidae. Adult male S. hayesi measure 13.6 mm
long by 250 � wide, and bear two types of spicules, an 
81-� long, tooth-shaped spicule and a 125-� long spicule
that is divided into a thick blade-like shaft and a short thin
shaft. Males also bear a pair of post-anal papillae. Female
worms measure 35 mm to 40 mm long by 420 � to 500 �
wide. Microfilariae are present in the uteri131.

Hosts and Life Cycle. Singhfilaria hayesi has been
found in the subcutaneous tissues of the neck in quail and
turkeys. Specific details on the life cycle of S. hayesi are
lacking.

Pathologic Effects and Clinical Disease. Singhfi-
laria hayesi is nonpathogenic. Thus, clinical signs are not
observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying adult worms in the subcutaneous tissues of
the neck region. Treatment is not necessary because 
S. hayesi is nonpathogenic. Because the life cycle is
unknown, specific preventive strategies have not been
developed.

Public Health Considerations. Singhfilaria hayesi
has not been reported in humans.

Superfamily Dracunculoidea

Avioserpens species

Morphology. Avioserpens spp. are dracunculid nematodes
which cause “subcutaneous worm” or “guinea worm”
infection. Female worms measure 25 cm long by 0.8 mm
wide, and have a chitinous-rimmed mouth bearing two
prominent lateral papillae131.

Hosts. Avioserpens species have been reported in the
subcutaneous tissues of the neck in waterfowl. Avioserpens
mosgovoyi, A. sichuanensis, and A. taiwana (Syn. Filaria 
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taiwana, Oshimaia taiwana, A. dentriculophasma, and
Petroviprocta vigissi) have been reported in ducks131.

Life Cycle. Adult female worms release embryonated
eggs that contain the first-stage larvae131. Larvae hatch and
escape through a hole in the skin made by the adult female
A. taiwana. They are ingested by the intermediate host, 
an aquatic copepod (Mesocyclops leuckarti, Thermocyclops
hyalinus, and Cyclops sternus)196. Larvae penetrate the intes-
tinal wall, enter the hemocoele, and molt three to four days
after ingestion by the copepod. Larvae undergo a second
molt three to four days later. Males may be found in the
host mesentery 18 days after the ingestion of the copepod,
while females are found in the subcutaneous tissues of the
host 20 days after ingesting the copepod131.

Pathologic Effects and Clinical Disease. Granulomas
have been noted in the skin of the submandibular area and
thighs131. Clinical disease is rarely reported in affected birds.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying adult worms at necropsy. There is no effective
pharmaceutical treatment for Avioserpens infection.
Worms may be removed surgically. Reducing exposure to
the intermediate host can reduce transmission.

Public Health Considerations. Avioserpens species
have not been reported in humans.

Superfamily Trichuroidea

Capillaria annulata

Morphology. Capillaria annulata is a slender worm that
has a cuticular swelling at the back of its head131. Males
measure 10 mm to 26 mm long by 52 � to 74 � wide and
have a 1.12-mm to 1.63-mm long spicule. Females
measure 25 mm to 60 mm long by 77 � to 120 � wide.
Eggs are operculated, measure 55 � to 65 � by 26 � to
28 � and have characteristic bipolar plugs131.

Hosts. Capillaria annulata has been found in the
esophagus and crop of chickens, grouse, guinea fowl,
partridges pheasants, quail, and turkeys131.

Life Cycle. Eggs pass out in the feces and require 24
days or more to develop. Following ingestion by an earth-
worm (Eisenia foetidus or Allolobophora caliginosus)197,
larvae encyst in the body wall. Larvae become infective
three to four weeks after being ingested by the earth-
worm197. When the earthworm is ingested by a suitable
avian host, larvae mature and begin to release eggs three to
four weeks later.

Pathologic Effects and Clinical Disease. The burrow-
ing of C. annulata into the crop wall causes a local thickening,



and enlargement of the mucosal glands. In heavy worm
burdens, the crop mucosal surface may slough131. Affected
birds appear emaciated, lethargic, and anemic.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying C. annulata eggs in the feces or adult worms
in the crop or esophagus. Subcutaneous administration of
methyridine (100 mg/kg) has been effective in some bird
species198. Many of the studies evaluating effective
treatments have been performed on the related species, 
C. obsignata. Mebendazole at a dosage of 120 mg/kg in the
feed for 14 days was effective199. Proper sanitation and
good management practices, along with earthworm 
control, help prevent future infections in the flock.

Public Health Considerations. Capillaria annulata
has not been reported in humans.

Capillaria contorta

Morphology. Capillaria contorta has a slender body but does
not have the dorsal cephalic cuticular swelling found on 
C. annulata. Males measure 8 mm to 17 mm long by 60 � to
70 � wide, have two terminal laterodorsal prominences on the
tail, and a slender, transparent 800-� long spicule covered with
a sheath that has numerous fine, hairlike processes. Females
measure 15 mm to 60 mm long by 140 � to 180 � wide131.

Hosts and Life Cycle. Capillaria contorta has been
reported in the oropharynx, esophagus, and crop of ducks,
chickens, guinea fowl, partridges, pheasants, quail, and
turkeys131. Eggs are passed in the feces and require approx-
imately one month for embryonation. After ingestion by
the avian definitive host, the C. contorta larvae mature into
adults approximately one to two months after being
ingested.

Pathologic Effects and Clinical Disease. The crop
becomes thickened and inflamed. There can also be
sloughing of the crop mucosa in severe infections. Affected
birds are lethargic and emaciated.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. annulata in the feces or adult
worms in the crop. Haloxon was highly effective in quail
with C. contorta when administered at the 0.075% to
0.5% level in the feed for five to seven days200. Higher 
concentrations were toxic. Alternative treatments have
been studied using C. obsignata. Olsen reported that
levamisole (2 mg/100 g body weight) given subcuta-
neously or tetramisole (3 g/10 liters drinking water) has
been effective for treating infected pheasants and quail33.
Proper sanitation and good management practices help
prevent future infections in the flock.
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Public Health Considerations. Capillaria contorta
has not been reported in humans.

Capillaria obsignata

Morphology. Capillaria obsignata (Syn. C. dujardini) is a
fine, hair-like worm. Males measure 7 mm to 13 mm long
by 49 � to 53 � wide, and have a 1.1-mm to 1.5-mm long
spicule covered by a sheath that is spineless but has trans-
verse folds on its surface. Females measure 10 mm to 18
mm long by 80 � wide. Eggs measure 44 � to 46 � by 22
� to 29 � and have a reticulated pattern on the shell163.

Hosts and Life Cycle. Capillaria obsignata has been
reported in the small intestine and cecum of chickens, 
geese, guinea fowl, pigeons, quail, and turkeys131. Capillaria
obsignata has a direct life cycle. Development is complete
in 65 to 72 hours at 35°C or in 13 days at 20°C. The
prepatent period is 20 to 21 days201. Pigeons remained
infected for nine months201.

Pathologic Effects and Clinical Disease. There is
thickening of the small intestinal and cecal wall. Catarrhal
or hemorrhagic enteritis may also be present201. Affected
birds become emaciated and develop diarrhea272. There are
no changes in white blood cell count or packed cell
volume, but globulins and total proteins may be
increased201–203. However, severely infected pigeons may
have decreased total protein, albumen, plasma carotenoids,
and liver vitamin A204.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs of C. obsignata in the feces or adult
worms in the small intestine and cecum. Fenbendazole was
97% effective against C. obsignata infection in turkeys
when fed at a concentration of 45 ppm for six days155.
It was also greater than 99% efficacious in chickens205, but
was less efficacious when fed at 80 ppm for three days or
48 ppm for five days156. Fenbendazole added to the feed at
80 ppm for three days or 30 ppm for six days was 99%
effective in eradicating C. obsignata from chickens205,206.
Kirsch reported nearly 100% efficacy when fenbendazole
was fed at 30 or 60 ppm for five days for pullet hens with
C. obsignata infection157. Others achieved high efficacy of
flubendazole when fed to broiler breeder chickens as
60 ppm for seven days175.

Methyridine administered subcutaneously as a 5%
aqueous solution delivered 25 to 45 mg methyridine per
bird, and was 99% to 100% effective198. Effectiveness was
reduced to 67% when the dose was reduced to 23 mg per
bird. In contrast, piperazine citrate, phenothiazine,
thiabendazole, and bephenium were inactive against 



C. obsignata. Proper sanitation and good management
practices help prevent future infections in the flock.

Public Health Considerations. Capillaria obsignata
has not been reported in humans.

ARTHROPODS

Class Insecta

Order Diptera

Family Calliphoridae
The family Calliphoridae is composed of several genera
which include the screwworm flies (Cochliomyia and
Chrysomyia), blowflies (Lucilia, and Phormia), and bottle
flies (Calliphora and Phaenicia)207. The primary screw-
worms include the New World screwworm (Cochliomyia
hominovorax) and the Old World (Chrysomyia bezziana)
screwworm. Primary screwworm flies cause obligate
myiasis, because they lay their eggs only in fresh wounds.
In contrast, secondary screwworm flies constitute the
majority of calliphorids, which deposit their eggs in carion.
These cause facultative myiasis207, because larvae feed on
dead tissues and only secondarily invade healthy tissues.

Morphology. Adult calliphorids measure approxi-
mately 10 mm and have a metallic blue-green body with a
yellowish orange face. Eggs are 1.25 mm long207. Cal-
liphorid larvae are distinguished from other flies by their
characteristic posterior spiracles (Figure 10.20).

Hosts and Life Cycle. Calliphorids have been
reported on the skin wounds of a variety of bird and mam-
malian species. For the primary screwworm flies, the eggs
are deposited on fresh wounds and hatch within a day207.
Larvae develop within one week and pupate. Adults
emerge anytime from 10 days to eight weeks, depending
on environmental temperature and humidity.
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Pathologic Effects. Maggots produce superficial der-
mal myiasis but larvae will invade the deeper tissues during
their development. The secondary myiasis-producing flies
often follow the invasion tracts caused by the primary myi-
asis-producing flies.

Clinical Disease, Treatment, and Prevention. Skin
wounds become necrotic and develop a fetid odor. Diag-
nosis is by identifying the characteristic calliphorid larvae
with their posterior spiracles. Treatment is via wound
flushing and removal of the maggots. Debridement of
necrotic tissue also assists in wound healing.

Prevention. Treatment of open wounds and fly con-
trol helps reduce further infestations.

Public Health Considerations. Although humans
can be infected by calliphorid flies, infected birds are not a
hazard to humans.

Family Ceratopogonidae
Ceratopogonids are often called midges, “punkies,” or “no-
see-ums.” They attack both birds and mammals. Culicoides
species commonly found in poultry include C. obsoletus,
C. furens, C. sanguisuga, and C. crepuscularis208.

Morphology. Ceratopogonids are 1 mm to 4 mm
long and have 15-segmented antennae. They have mouth
parts well suited for blood feeding. Larvae are translucent
white and measure 2 mm to 5 mm long208.

Hosts and Life Cycle. Ceratopogonids can affect a
wide variety of avian and mammalian hosts. Females require
a blood meal for egg development. Eggs are laid on moist
substrates and hatch within two to 10 days. Eggs are 250 �
to 500 � long and banana-shaped208. Larvae develop through
four instar stages before pupating. Pupae are found in the
water. The life span of adults ranges from two to seven weeks.

Pathologic Effects and Clinical Disease. Cerato-
pogonids cause irritation to birds. More importantly, they

Fig. 10.20 A Calliphorid larvae with posterior spiracles (above left). Courtesy of E.P. Catts, University of Delaware.



can serve as vectors to such blood-borne pathogens as Leu-
cocytozoon and Haemoproteus208. Clinical disease is often
not noted, but there can be production losses. Young birds
may develop anemia with heavy infestations.

Diagnosis, Treatment, and Prevention. Diagnosis
is made by identifying the adults. There is no effective
treatment for ceratopogonid bites. Control of biting
midges is difficult because it is difficult to regulate their
breeding environments. Mesh netting can reduce exposure
to birds.

Public Health Considerations. Ceratopogonids can
serve as vectors to human diseases.

Family Culicidae
Culicids, the mosquitoes, are blood-sucking flies which
commonly feed on birds. More important, however, is
their role as vectors of other pathogens. Important genera
include Anopheles, Aedes, and Culex.

Morphology. Adults measure 2.5 mm to 6 mm long
and have a slender abdomen and long proboscis. The mor-
phology of the egg, larva, and pupa varies with mosquito
species (Figure 10.21).
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Hosts. A variety of birds and mammals serve as hosts
for culicids. Common mosquitoes associated with birds
include Culex quinquefasciatus (Southern house mos-
quito), C. tarsalis (encephalitis mosquito), Psorophora con-
finnis, Aedes stimulans, A. aegypti, and A. vexans.

Life Cycle. Female mosquitoes lay eggs, either indi-
vidually or on rafts, on the water surface or on a moist sub-
strate, depending on the mosquito species. Eggs hatch in
one to two days and remain in the larval stage for one to
two weeks and the pupal stage for two to three days. The
life span of an adult is approximately one month.

Pathologic Effects and Clinical Disease. Only the
female mosquito sucks blood. Its “bite” can cause pruritus
and inflammation at the site of penetration. Mosquitoes
can serve as mechanical and biological vectors to
many pathogens, including Plasmodium, Trypanosoma,
encephal-omyelitis viruses, and the avian pox virus. There
may be pruritus and local inflammation in some affected
birds.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the adult mosquito. There is no effective
treatment for mosquito bites on birds. Mosquito control,

Fig. 10.21 General morphology of mosquitoes (Culicidae). (A) Adult female. (B) Eggs. (C) Larva. (D) Pupa. Courtesy of E.P. Catts, University of
Delaware.



including elimination of standing water, aids in reducing
mosquito populations.

Public Health Considerations. Mosquitoes can bite
humans and serve as reservoirs of various zoonotic
pathogens.

Family Cuterebridae
Dermatobia hominis. Morphology. Dermatobia hominis
(“human botfly” or “torsalo”) larvae may infest the skin of
some birds. Adult D. hominis are 12 mm long and have a
grey-metallic blue body with an orange face207. Larvae
have a narrow anterior portion and a larger posterior
portion, giving it a “bottle-shaped” appearance (Figure
10.22). Larvae are cream colored and have narrow belts of
spines207.

Hosts and Life Cycle. Dermatobia hominis has been
reported on humans and other mammals, as well as birds.
Adult female flies lay eggs near the host’s nares. Eggs hatch
in one to two weeks. After hatching, larvae enter through
the nares or mouth and migrate through connective tissue
for about a week before lodging in the subcutaneous tissue.
The larva creates a small opening in the overlying skin,
which it then uses as a breathing pore and also as a pore
through which to excrete wastes. A subcutaneous cyst
develops in two to three weeks. When the larvae is fully
grown, it backs out of the opening in the skin and falls to
the ground and pupates209.

Pathologic Effects and Clinical Disease. Dermato-
bia hominis larvae produce dermal cysts210. Secondary bac-
terial infections may result in skin ulceration.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying D. hominis larvae in dermal cysts, which
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must be removed surgically. Prevention is via fly control to
prevent future infections.

Public Health Considerations. Dermatobia hominis
affects humans but infected birds are not a direct hazard to
humans.

Family Hippoboscidae
Pseudolynchia canariensis. Morphology. Adult flies are
dark brown, dorsoventrally flattened, and measure 6 mm
long208. They have transparent wings and a short, stout
beak208 (Figure 10.23).

Fig. 10.22 A third-stage larvae of Dermatobia hominis with posterior spiracles (above left) and typical spine (above right). Courtesy of E.P. Catts,
University of Delaware.

Fig. 10.23 Pseudolynchia canariensis adult. Courtesy of E.P. Catts,
University of Delaware.



Hosts and Life Cycle. The pigeon is the host for
Pseudolynchia canariensis. The life cycles of hippoboscids
are unique in that larvae mature in the female, and pupate
upon being ejected. The larvae pupate for approximately
one month, and adults live for 45 days208.

Pathologic Effects and Clinical Disease. Adult P.
canariensis suck blood and therefore may cause anemia,
especially in young birds. They also serves as a vector for
blood-borne pathogens, including Haemoproteus. Affected
birds can develop anemia and reduced egg production.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating P. canariensis on the bird. Permethrin spray
(0.05%) is likely to be effective211. Pyrethrin dust (0.25%)
has also been effective212. A thorough physical examina-
tion of incoming birds reduces the risk of introducing P.
canariensis in the flock. Dusting birds with a 1% pyrethrin
compound represents an effective preventive measure213.

Public Health Considerations. Although humans
are not a host of P. canariensis, humans can develop a
hypersensitivity reaction at the site of fly feeding.

Family Muscidae
Most flies in the family Muscidae family are non-biting,
coprophagus flies. Important genera include Musca, Fan-
nia, Muscina, and Stomoxys. Of these, only flies in the genus
Stomoxys suck blood. Common Musca species include
M. domestica (the housefly), Fannia canicularis (the “lesser”
or “little” housefly), F. scalaris (the “latrine” fly), and Mus-
cina stabulans (the “false stable” fly). A common Stomoxys
genus is Stomoxys calcitrans (the “stable” fly). Members of
the family produce accidental myiasis in birds207.

Morphology. Adults of Musca, Fannia, and Muscina
are blackish gray with nonmetallic bodies. Larvae of
Musca and Muscina measure 10 mm to 12 mm long and
are tapered at the anterior end and truncated at the poste-
rior end (Figure 10.24). Fannia larvae are flattened and
have noticeable lateral processes (Figure 10.25). Stomoxys
resemble the housefly but are slightly darker in color and
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are more robust. Stomoxys larvae are similar to those of
Musca and Muscina207.

Hosts. Muscidae flies have been associated with birds
and mammals. Musca, Fannia, and Muscina are associated
with animal wastes207, whereas Stomoxys can suck blood
from a variety of birds and mammals.

Life Cycle. Muscid flies lay their eggs in decaying
organic matter. Musca, Fannia, and Muscina also deposit
their eggs in animal wastes, while Stomoxys prefer decaying
vegetation207.

Pathologic Effects and Clinical Disease. Muscid
flies can cause accidental myiasis of open wounds. In addi-
tion, they serve as mechanical vectors of intestinal
pathogens such as Salmonella214. Stomoxys flies are also
bloodsuckers and can cause local inflammation at the bite
location. Because they feed on animals, they can transmit 
blood-borne agents. Moreover, S. calcitrans is the inter-
mediate host for Hymenolepis carioca, a chicken tape-
worm. Stomoxys flies can cause local inflammation at the
bite site.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the larvae in the tissues. Flushing of the
wounds and antibiotics are necessary to treat myiasis. Fly
control is necessary to reduce fly populations. Moreover,
prompt removal of animal wastes and decaying organic
material reduces fly breeding sites.

Public Health Considerations. Muscid flies can
affect humans by causing myiasis of open wounds or by
serving as vectors for diseases. In addition, Stomoxys flies
can cause a painful bite.

Family Sarcophagidae
The sarcophagid, or “flesh” flies, are large flies that infest a
wide variety of birds and mammals. Common genera
include Sarcophaga and Wohlfahrtia. Of these, S. haemor-
rhoidalis is among the most common208.

Morphology. Sarcophagid flies are medium to large
gray and black flies that measure 8 mm to 14 mm long207.

Fig. 10.24 A muscid larvae (Musca, Muscina, Stomoxys). Courtesy of E.P. Catts, University of Delaware.



Sarcophagid fly larvae are tapered and are recognized by
their posterior spiracles (Figure 10.26).

Hosts and Life Cycle. Sarcophagid flies cause myiasis
in a variety of bird and mammalian hosts. Instead of laying
eggs, females deposit larvae on wounds. These larvae
develop in four to seven days and pupate for approxi-
mately four days. Sarcophagid flies can complete their life
cycle in two weeks207.

Pathologic Effects and Clinical Disease. Sar-
cophagid larvae may invade healthy tissue when there is
accidental myiasis. Clinical disease is not noted unless
maggots invade deeper tissues.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying larvae in the tissues. Flushing the wound to
remove maggots is an important step in treating myiasis. Fly
control reduces fly populations. Reduction of animal wastes
and decaying organic matter eliminates fly breeding areas.

Public Health Considerations. Sarcophagid flies
cause myiasis in humans. However, infected birds are not a
direct hazard to humans.

Family Simulidae
Simuliids (blackflies, turkey gnats, or buffalo gnats) are
short, stout, biting flies. The most important genus is
Simulium. Common species parasitizing birds include 
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S. bracteatum, S. jenningsi, S. slossonae, S. meridionae, S.
occidentale, S. croxtoni, S. euryadminiculum, S. rugglesi, S.
slossonae, and S. congareenarum.

Morphology. Adults have a small, robust body with
conical antennae with seven to nine segments, an arched
thorax, and wings with thickened veins.

Hosts and Life Cycle. Simuliids can affect a variety
of bird and mammalian species. Blackflies lay their eggs
only in running water. Following hatching, larvae develop
for three to 10 weeks before pupating. Pupae are found
under water, where they can remain for a few days to one
week. Adults emerge in the spring, summer, or early fall,
depending on the species.

Pathologic Effects and Clinical Disease. Simuliids
commonly feed on poultry. More importantly, they serve as
vectors for such blood-borne pathogens as Leucocytozoon.
Affected birds can have production losses and anemia can
be seen in young birds.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the gnat. Control is difficult because simuliids
develop in streams. The use of insecticides may affect free-
living animals. Netting may prevent birds from being attacked.

Public Health Considerations. Simuliids readily
feed upon humans, and serve as vectors for human

Fig. 10.25 A Fannia larva. Courtesy of E.P. Catts, University of Delaware.

Fig. 10.26 A sarcophagid larva with posterior spiracles (above left). Courtesy of E.P. Catts, University of Delaware.



diseases. However, there are no direct hazards from
affected birds to humans.

Order Phthiraptera

Cuclotogaster heterographa
Morphology. Cuclotogaster heterographa (chicken head
louse) is gray and measures 2 mm long215. The head is
unusual—it is longer than it is wide—and has an anterior
portion that is evenly rounded. The widest portion of the
head is posterior to the five-segmented antenna215 (Figure
10.27).

Hosts. Cuclotogaster heterographa is found in the
feathers, especially in the head and neck region, of chick-
ens and other birds.

Life Cycle. The life cycle of Cuclotogaster heterographa
is completed in two to three weeks. Although they can live
for several months, they can only live for five to six days
in the absence of a host. Transmission occurs via direct
contact.

Pathologic Effects and Clinical Disease. Cucloto-
gaster heterographa damages the feathers of affected birds.
Affected birds are restless and have depressed weight gains
and reduced egg production. Feathers may appear to be of
poor quality and have a “moth-eaten” appearance.
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Fig. 10.28 Dorsal view of a female Goniocotes gallinae. Courtesy of
R.D. Price, University of Minnesota.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying C. heterographa in the feathers. Treatment
includes synthetic pyrethroids, organophosphorus, carba-
mate, or pyrethroid insecticides. If treatment is used, birds
need to be treated at least twice on a seven- to 10-day inter-
val208. Repeat treatment is needed to control the lice that
hatch after the initial treatment, because the available
chemicals do not kill the eggs208. A thorough physical
examination helps to minimize introduction of C. hetero-
grapha into the flock.

Public Health Considerations. Cuclotogaster hetero-
grapha is not of public health significance.

Goniocotes gallinae
Goniocotes gallinae (fluff louse) is found in the feathers,
especially the down feathers, of chickens. Goniocotes galli-
nae measures 1.5 mm long and has a yellow, rounded
shape215. The head is wider than it is long and has a
rounded anterior portion and an angular posterior por-
tion. The antennae have five segments215 (Figure 10.28).

The life cycle is unknown, though transmission is
though direct contact. Goniocotes gallinae is generally non-
pathogenic, though with heavy infestations, feathers may
appear “moth-eaten.” Hyperchromic anemia has been
reported196. With heavy infestations, affected birds become

Fig. 10.27 Dorsal view of a female Cuclotogaster heterographa. Cour-
tesy of R.D. Price, University of Minnesota.



restless and have reduced egg production and weight gain.
Diagnosis is by identification of G. gallinae. Treatments
recommended for C. heterographa are effective for G. galli-
nae. A thorough physical examination of the flock helps to
minimize introducing G. gallinae into the flock. Goniocotes
gallinae is not of public health significance.

Goniodes spp.
Morphology. The genus Goniodes is represented by three
common species: G. dissimilis (brown chicken louse), 
G. gigas, and G. numidae (guinea feather louse). Members
of the genus are the largest lice found on chickens. They
are brown, and measure 3 mm long215. The antennae have
five segments. The front portion of the head is rounded
while the back is angular. The head is wider than it is long.
Although similar in body shape, Goniodes is larger than
Goniocotes. Goniodes dissimilis has four long hairs on the
posterior margin of the head (Figure 10.29), while G. gigas
has six long hairs on the posterior margin215.

Hosts and Life Cycle. Goniodes species parasitize
chickens and other birds215. Goniodes gigas requires one
month to complete its life cycle. Females deposit up to 
14 eggs, which hatch in about a week215. After reaching
maturity, males only live up to 19 days, and females up to
24 days. The life cycles of G. dissimilis and G. numidae
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remain unknown, but are most likely similar to that of G.
gigas. Transmission is via direct contact215.

Pathologic Effects and Clinical Disease. Goniodes
are nonpathogenic. Thus, clinical signs are typically not
observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the adult louse. Treatment for Goniodes is
similar to that recommended for Cuclotogaster hetero-
grapha. A thorough physical examination of incoming
birds helps to minimize the risk of introducing Goniodes
into the flock.

Public Health Considerations. Goniodes are host-
specific and do not infest humans.

Lipeurus and closely related species
Common Lipeurus lice found on birds include Lipeurus
caponis (wing louse), L. numidae (slender guinea louse),
and L. lawrensis. In addition, the closely related Oxylipeu-
rus polytrapezius (slender turkey louse), O. corpelentus, and
O. dentatus208,215 have also been reported in birds. Lipeurus
caponis is a long, slender, gray louse measuring 2.5 mm
long215. The head is longer than it is wide, and the anterior
portion of the head is rounded. The antennae have five
segments215 (Figure 10.30).

Fig. 10.29 Dorsal view of a female Goniodes dissimilis. Courtesy of
R.D. Price, University of Minnesota.

Fig. 10.30 Dorsal view of a female Lipeurus caponis. Courtesy of R.D.
Price, University of Minnesota.



Lipeurus species have been reported in the feathers of
the chicken and other birds215. Specific details on the life
cycle of Lipeurus are unknown, but the complete life cycle
occurs within three to five weeks216. Lipeurus caponis is pri-
marily found on the ventral side of the primary flight, tail,
or back feathers217. They are nonmotile and usually non-
pathogenic. Other Lipeurus species are also relatively non-
pathogenic. Therefore, clinical disease is not noted with
Lipeurus. However, heavy infestation can result in restless-
ness and unthriftiness.

Diagnosis is by identifying Lipeurus on the bird.
Treatment for Lipeurus is similar to that recommended for
Cuclotogaster heterographa. An herbal extract of Cedrus deo-
dara, Azadirachta indica, and Embelia ribes, when sprayed
on chickens for three successive days, was effective, though
mild skin irritation developed218. A thorough physical
examination of incoming birds minimizes the risk of intro-
ducing Lipeurus lice species into the flock. Lipeurus lice
species are not of public health significance.

Menacanthus stramineus
Morphology. Menacanthus stramineus (chicken body
louse) (Syn. Eomenacanthus stramineus), M. cornutus, and
Menacanthus pallidulus are yellow and measure 3 mm to
3.5 mm long. They have a triangular head and club-shaped
antennae208 (Figure 10.31).

Hosts and Life Cycle. Menacanthus spp. are found on
the vent feathers of chickens, guinea fowl, and turkeys208.
Eggs are deposited on the base of the feather shaft, especially
in the vent region. Females live for about 12 days and lay up
to four eggs per day219. Eggs hatch in four to five days219.
The life cycle is completed in about two weeks. Transmis-
sion is via direct contact.

Pathologic Effects. Menacanthus stramineus is espe-
cially prevalent in the less feathered areas of the breast,
thigh, and vent. There can be small blood clots near the
vent region when M. stramineus bites through the soft
quills and causes bleeding217. Blood loss may result in
hyperchromic anemia196.

Clinical Disease, Treatment, and Prevention.
Affected birds may be restless and unthrifty. There can
also be decreased production. Diagnosis is by identifying 
M. stramineus on the bird. Treatments recommended for
M. stramineus are similar to those recommended for
Cuclotogaster heterographa. A thorough physical examina-
tion of incoming birds minimizes the risk of introducing
M. stramineus into the flock.

Public Health Considerations. Menacanthus
stramineus does not infest humans.
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Menopon gallinae
Menopon gallinae (shaft louse) has been recovered from the
feathers of chickens, guinea fowl, and other bird species208,215.
Menopon gallinae is yellow and measures 2 mm in length.It has
a triangular head with club-shaped antennae208 (Figure 10.32).

Few details are known of the life cycle of M. gallinae.
Eggs are deposited at the base of the feathers of the breast
and thighs217. Hyperchromic anemia has been reported in
affected birds196. However, it is usually nonpathogenic and
so clinical signs are generally not observed. Heavy
infestations may cause restlessness, lowered production,
and unthriftiness.

Diagnosis is made by identifying M. gallinae on the
bird. Treatments recommended for M. gallinae are similar
to those recommended for Cuclotogaster heterographa. In
one study, an herbal compound of Cedrus deodara,
Azadirachta indica, and Embelia ribes diluted 1:10 to 1:50
and sprayed for three successive days eliminated the infes-
tation218. Menopon gallinae does not infest humans, but
may serve as a reservoir for Chlamydiophila psittaci.

Syringophillus spp.
Syringophillus lice species have been recovered from the quill
feathers of the wing and body plumage of chickens and other
birds208. Species found include S. hipectinatus (quill mite)

Fig. 10.31 Dorsal view of a female Menacanthus stramineus. Courtesy
of R.D. Price, University of Minnesota.



from chickens, turkeys, and golden pheasants; S. columbae
(pigeon quill mite) from pigeons; S. minor from house spar-
rows; and S. bipectinatus from poultry208. Syringophillus mea-
sure 0.9 mm long by 0.15 mm wide208. The life cycle is
completed in 38 to 41 days. Unfertilized eggs can hatch and
the released larvae are male208. Syringophillus infestations can
result in partial or complete loss of the feathers. Powdery
debris obtained near the remaining quill stump can contain
the mites, and are useful diagnostic specimens. No effective
treatments have been developed for Syringophillus infesta-
tion. Syringophillus mites do not infest humans.

Order Siphonaptera

Ceratophyllus gallinae
Morphology. Adult Ceratophyllus gallinae (European
chicken flea)208 are brown and measure 2 mm long. Adults
bear a pronotal comb but lack a genal comb (Figure 10.33).

Hosts and Life Cycle. Ceratophyllus gallinae has been
reported in chickens and turkeys. It has also been noted on
free-living birds and mammals, including humans208. The
life cycle of C. gallinae is similar to that of Ctenocephalides sp.
Adults mate while on the host and the eggs often fall into the
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environment (i.e. litter). Incubation requires two to four days
and there are three larval instars208. The third larval instar
spins a cocoon in which the larva develops into an adult in
about two weeks208. Transmission occurs by direct contact.

Pathologic Effects and Clinical Disease. Cerato-
phyllus gallinae can cause anemia. Ceratophyllus gallinae
causes pale skin and decreased production.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying C. gallinae on the bird or in the environment.
Treatment for C. gallinae is similar to that recommended for
E. gallinae. It is important not only to treat the bird but also
to focus on the sanitation and disinfection of the environ-
ment to eliminate C. gallinae.

Public Health Considerations. Ceratophyllus galli-
nae readily feeds on humans.

Ceratophyllus niger
Ceratophyllus niger (Western chicken flea) has been
reported on the external body surface of chickens and
other birds, as well as rodents and humans208. Ceratophyl-
lus niger is similar in appearance to C. gallinae. Likewise,
the life cycle of C. niger is similar to that of C. gallinae.

Ceratophyllus niger can cause anemia, resulting in pale
skin and decreased production. Diagnosis is by identifying
C. niger on the bird or from its environment. Treatment
for C. niger is similar to that recommended for E. gallinae.
It is important not only to treat the bird but also to focus
on the sanitation and disinfection of the environment to
eliminate C. niger.

Echidnophaga gallinacea
Morphology. Echidnophaga gallinacea (chicken flea or
sticktight flea) is a small flea, measuring only up to 1.5 mm
in length. The distinguishing feature of E. gallinacea is the

Fig. 10.32 Dorsal view of a female Menopon gallinae. Courtesy of
R.D. Price, University of Minnesota.

Fig. 10.33 The head of Ceratophyllus gallinae. Courtesy of R.E.
Lewis, Iowa State University.



lack of genal and pronotal combs. The head has an angular
appearance (Figure 10.34).

Hosts. Echidnophaga gallinacea is commonly found on
unfeathered portions of the head of chickens, pheasants,
pigeons, quail, and turkeys. It has also been reported on
blackbirds, blue jays, hawks, owls, and sparrows208. Humans
and numerous mammalian species can also be infested.

Life Cycle. Unlike other fleas, adults of E. gallinacea
become sessile and remain deeply embedded in the skin208.
One to four eggs are ejected per day into the surrounding
environment. The eggs incubate for six to eight days before
hatching220. Larvae feed on flea excrement. Larvae develop
for 14 to 31 days and then spin cocoons. They remain in
these cocoons for nine to 19 days221. Infection occurs
when the host enters an infested area rather than by direct
transmission, because the fleas remain attached to the host.

Pathologic Effects and Clinical Disease.
Echidnophaga gallinacea can occur in large numbers on the
unfeathered portions of the head (i.e., comb, wattles, and
area surrounding the eyes). A lymphoplasmacytic reaction
in the dermis with visible embedded flea mouthparts has
been reported222. Echidnophaga gallinacea can result in pale
skin and decreased production.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying E. gallinacea on the host. Pyrethroid perme-
thrin spray (0.125% to 0.25%) on nest boxes and litter is
effective223. Treatment with a topical pyrethrin product in
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a viscous base or dusting with 5% carbaryl is also effec-
tive224. Treatment of the bird and the environment is
needed to effectively control infestations. Removal of
infested litter and proper sanitation of the buildings to kill
immature larvae are needed to control E. gallinacea
infections. Removal of infected birds and reducing expo-
sure to mammalian pests are necessary to prevent future
infections.

Public Health Considerations. Echinophaga galli-
nacea can feed on humans, causing pruritus and swelling at
sites of feeding. Moreover, they can also serve as vectors for
Yersinia pestis (plague), Rickettsia spp. (typhus), and Salmo-
nella tyhpimurium214.

Order Hemiptera

Cimex lectularius
Morphology. Adults of the family Cimicidae (bed bugs)
are dorsoventrally flattened, measure 2 mm to 5 mm long
by 1.5 mm to 3 mm wide, and have three pair of legs and a
pair of four-segmented antennae. Cimicids have piercing-
sucking mouthparts composed of three segments, wing
pads, and a hard, chitinous exoskeleton208 (Figure 10.35).
The eggs of cimicids are white and have an operculum on
the anterior end.

Fig. 10.35 Cimex lectularius female. Courtesy of M. Dorothy Cox,
Loma Linda University.

Figure. 10.34 The head of Echidnophaga gallinacea. Courtesy of 
R.E. Lewis, Iowa State University.



Hosts and Life Cycle. Cimex lectularius has been
reported on the external body surface of chickens and
other birds, as well as on many species of mammals.
Female bugs deposit eggs in crevices. Depending on the
temperature, eggs can hatch in four to 20 days. Immature
bugs develop through five instar stages before reaching the
adult stage in one to three months131.

Pathologic Effects and Clinical Disease. Affected
birds may become anemic and may experience swelling
and pruritus at the feeding sites. Affected birds may have
pale combs and experience a decrease in feed consump-
tion, weight gain, and/or egg production.

Diagnosis. Diagnosis is by identifying C. lectularius
on the bird. Because C. lectularius often feeds at night, it
may be necessary to examine the cracks and crevices of the
animal room or housing system to detect the adults.

Treatment. Pyrethrin has been effective for eliminat-
ing those C. lectularius found in the bird. It is important to
also treat the housing environment to effectively control
C. lectularius.

Prevention. A thorough examination of all incoming
birds minimizes the risk of introducing C. lectularius into
the flock and environment.

Public Health Considerations. Cimex lectularius
readily feeds on humans.

Triatoma sanguisuga
Morphology. Triatoma sanguisuga is a member of the fam-
ily Reduviidae. These are referred to as cone-nose bugs or
assassin bugs208. Reduviids have three pairs of legs, one
pair of four-segmented antennae, and a three-segmented
proboscis. Adults have two pairs of wings. The immature
fourth and fifth instars have wing pods225. The reduviid
body is shaped like a cylinder. The beak curves backward
into a groove. They measure up to 25 mm long208.

Hosts and Life Cycle. Triatoma sanguisuga has been
reported in chickens208. The life cycle of T. sanguisuga is
similar to that of the bed bugs such as C. lectularius.
Triatoma sanguisuga serves as a reservoir for equine
encephalomyelitis virus208.

Pathologic Effects and Clinical Disease. Triatoma
sanguisuga may cause anemia, but is usually nonpatho-
genic. Thus, clinical signs are not usually observed.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying T. sanguisuga on the bird or in the environ-
ment. Treatment for T. sanguisuga is similar to that for
C. lectularius. It is difficult to control T. sanguisuga because
they can fly long distances and are only found on the host
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for feeding. Control is best achieved by eliminating 
T. sanguisuga in the environment.

Public Health Considerations. Triatoma sanguisuga
readily feeds on humans and causes hypersensitivity reac-
tions.

Class Arachnida

Ticks

Family Argasidae
Argas spp. Morphology. Argas spp. (fowl ticks) affect a
wide variety of bird species. The species in birds include
A. persicus, A. sanchezi, A. radiatus, A. miniatus, A. reflexus,
A. hermanni, A. neghmei, A. robertsi, and A. aboreus208.
Members of the genus are oval ticks measuring 4 mm to
11 mm long. They have a wrinkled integument with
radiating disks bounded laterally by quadrangular cells
(Figure 10.36).

Hosts. Argas parasitize birds and mammals. They
have been reported on chickens, turkeys, ducks, geese,
guinea fowl, pigeons, canaries, doves, hawks, magpies,
owls, quail, sparrows, thrushes, vultures, and ostriches208.

Life Cycle. Argas persicus has a four-month life cycle,
typical of the genus208. Larvae feed for five to 10 days, then
molt into nymphs. The nymphs have two or three instar
stages, depending on the species, and then finally molt to

Fig. 10.36 Female Argas sanchezi. Courtesy of G.M. Kohls, Rocky
Mountain Laboratory.



the adult stage. Feeding occurs nocturnally. It has been
noted that A. persicus can survive for two years without
feeding208.

Pathologic Effects. Heavily infested birds become
anemic. Argas can also serve as a vector of Borrelia anserina,
the causative agent of avian spirochetosis226, and Aegyp-
tianella pullorum, the causative agent of aegyptianellosis227.

Clinical Signs. Heavily infested birds appear weak,
emaciated, and pale. Argas persicus can cause tick paralysis.
The extent to which other members of the genus cause
paralysis is unknown.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the tick during nocturnal feeding. Although
removal of the tick from the body of the bird is a necessary
treatment, Argas feeds only at night, so treatment should
target the bird housing to remove a majority of the tick
population. To prevent future infestations, the entire hous-
ing area must be treated because the adults and nymphs
feed on the host for only a short period of time.

Public Health Considerations. Argas may occasion-
ally feed on humans228. Argas also can serve as a reservoir
for several human pathogens.

Ornithodorus spp. Ornithodorus parasitizing birds
includes O. turicata, O. parkeri, O. talaje, and O. moubata
complex229. Ornithodorus ticks are similar in appearance to
Argas. The life cycles of Ornithodorus ticks are similar to
that of Argas, except that most Ornithodorus larvae remain
attached to the host for many days, similar to that
observed among the hard ticks. In addition, after the larval
blood meal, Ornithodorus molt twice without additional
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feedings229. Heavily infected birds may become anemic
and appear weak, emaciated, and pale.

Diagnosis is by identifying ticks on the host. Treat-
ment consists of careful removal of the tick. To prevent
future infestations, there must be treatment of the prem-
ises to help reduce the population. Ornithodorus ticks read-
ily feed on humans and in doing so, cause local
inflammatory reactions.

Family Ixodidae
Amblyomma spp. and Hyalomma spp. Amblyomma
ticks are commonly found attached to the skin of birds.
Common species include Amblyomma americanum (lone
star tick), A. maculatum, A. tuberculatum, A. variegatum,
and A. hebraeum. The related genus Hyalomma also
parasitizes birds. The Hyalomma species reported on birds
include H. marginatum marginatum, H. marginatum
rufipes, H. excavatum, H. impelatum, and H. truncatum208.

Morphology. Amblyomma americanum is representa-
tive of the genus, and measures 3 mm long. Engorged
females can be up to 11 mm long229 (Figure 10.37). Males
have a shiny brownish red scutum, pale lateral stripes, and
two U-shaped markings posteriorly. Females have similar
ornamentation, except for a pale spot posteriorly.

Hosts and Life Cycle. Amblyomma americanum is not
host-specific, and has been reported on a variety of birds
and mammals208. Amblyomma americanum is a three-host
tick. Females lay 2,000 to 10,000 eggs. These hatch in three
to four weeks. Larvae feed, molt, and temporarily leave the
host as they develop to the nymphal stage, and finally to
the adult stage. The life cycle of Hyalomma is similar229.

Fig. 10.37 Amblyomma americanum. (Left) Male. (Right) Female. Courtesy of G.M. Kohls, Rocky Mountain Laboratory.



Pathologic Effects and Clinical Disease. Heavy
infestations cause anemia and result in debilitation and
lethargy.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the tick on the host. Careful removal of the
entire tick, including mouthparts, is needed, along with
treatment of the environmental premises. To prevent
future infestations, there must be treatment of the prem-
ises because the adults and nymphs feed on the host for
only a short period of time.

Public Health Considerations. Amblyomma and
related species can serve as vectors for several human diseases
so care must be taken in handling them on infected birds.

Haemaphysalis leporispalustris. Haemaphysalis leporis-
palustris (rabbit tick) can be found attached to the skin of
chickens and other birds228. Besides H. leporispalustris,
other Haemaphysalis reported on birds include H. punctata
and H. concinna. All are three-host ticks. Haemaphysalis
leporispalustris is a relatively small tick, measuring only
2.2 mm to 2.6 mm long. It has a rectangular basis
capitulum (Figure 10.38). Females can measure up to
10 mm when engorged. Although the rabbit is the host,
the immature larvae and nymphs can feed on chickens and
other birds. Adults live for up to a year228. Haemaphysalis
leporispalustris can cause anemia, lethargy, and emaciation
when present in high numbers.

Diagnosis is by identifying the tick on the host. Treat-
ment includes the physical removal of the tick from the
host. The entire housing area must be treated to prevent
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future infestations. Haemaphysalis leporispalustris and related
species can serve as vectors for several zoonotic diseases.

Ixodes spp. Morphology. Ixodes ticks have characteristic
anal grooves that join anterior to the anus. The mouth-
parts are long230. The scutum lacks eyes, festoons, and
other ornamentation (Figure 10.39). Males have seven
shields that cover the ventral surface. These are absent
from the female. Ixodes are 2 mm to 3 mm in length, but
engorged females measure 7 mm to 16 mm230.

Hosts. Ixodes tick species have been occasionally
reported on birds. The immature forms of I. scapularis,
I. pacificus, I. ricinus, I. persulcatus, and I. holocyclus have
been documented on birds.

Life Cycle. Ixodes are three-host ticks230. The length
of time in each life cycle stage varies with the species. Life
cycles may require from seven months up to three years to
complete, depending on tick species231.

Pathologic Effects and Clinical Disease. Because
Ixodes have long mouth parts, these can remain in the tis-
sue after the tick has been removed. This can cause inflam-
mation and secondary bacterial infection can occur. Heavy
infestations can cause anemia. Heavy infestations can
result in lethargic and debilitated animals.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of the tick on the bird. Careful removal of
the tick is necessary. Because Ixodes have long mouthparts,
removal of the entire tick must be performed to prevent
inflammation and secondary bacterial infections. To pre-
vent future infestations, there must be treatment of the

Fig. 10.38 Haemaphysalis leporispalustris. (Left) Male. (Right) Female. Courtesy of U.S. Department of Agriculture.



premises because the adults and nymphs feed on the host
for only a short period of time.

Public Health Considerations. Ixodes tick species
can serve as a reservoir for several human diseases, so care
must be taken in handling them on infected birds.

Mites

Suborder Astigmata
Cytodites nudus. Cytodites nudus (Syn. Cytoleichus nudus)
(air sac mite) measures 480� to 650 � long by 325 � to
500 � wide and has short setae and a smooth dorsal
integument. The legs are short and end in stalked
ambulacral suckers (in the female). Males have reduced,
sessile, ambulacral suckers (Figure 10.40)232. Cytodites
nudus has been reported in chickens and other birds. C.
nudus may be transmitted through aerosolization of
sputum during coughing. Affected birds have increased
mucus in the trachea and bronchi, pulmonary edema,
emphysema, pneumonia, enteritis, and peritonitis.
Granulomatous pneumonia has been reported. Affected
birds cough, become weak, lose weight, and develop
intermittent sneezing and head shaking233.

Diagnosis is by identifying mites in pulmonary lesions.
Ivermectin treatment has been effective in some birds. The
elimination of affected birds aids in controlling this infec-
tion. Cytodites nudus is not of public health significance.

Knemidocoptes gallinae. Knemidocoptes gallinae (Syn.
Neocnemidocoptes laevis gallinae, Knemidocoptes laevis var.
gallinae)(depluming mite, depluming itch mite) has been
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reported on the skin of chickens, pigeons, and pheasants208.
A closely related species, N. laevis laevis, has been reported
from the pigeon. Adults measure 204 � to 210 � long by
144 � to 150 � wide208. Females measure 340 � to 435 �
long and resemble K. mutans except that there is a transverse
and unbroken dorsal striae as well as discrete tibiae and tarsi
and vestigial pretarsal stalks234 (Figure 10.41).

The life cycle of K. gallinae is similar to that of 
K. mutans. Mites burrow into the basal shafts of the feathers

Fig. 10.40 Cytodites nudus male, ventral view. Reproduced from
Baker, E.W., Evans, T.M., Gould, D.J., Hull, W.B. and Keegan, H.L.
(1956) with permission.

Fig. 10.39 Ixodes scapularis. (Left) Male. (Right) Female. Courtesy of U.S. Department of Agriculture.
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distortion of the legs, lameness, and loss of digits237. Affected
birds develop proliferations and crust formation on the scales
of the shank. Scales become upturned (Figure 10.43).

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying mites from scrapings of lesions. Birds can be
treated by dipping the legs in a warm acaricidal solution.
Alternatively, birds can be treated with ivermectin237.
Affected birds should be culled or isolated. Houses should
be cleaned prior to obtaining new birds.

Public Health Considerations. Knemidocoptes
mutans is not of public health significance.

Knemidocoptes pilae. Knemidocoptes pilae (scaly-face
mite) causes scaly-face and scaly-leg in the parakeet. Adult
males measure 200 � to 219 � long by 143 � to 152 �
wide. Females measure 315 � to 428 � long by 252 � to
378 � wide. The adult and immature stages resemble K.
mutans234 (Figure 10.44).

The life cycle of K. pilae is similar to K. mutans. Kne-
midocoptes pilae invades feather follicles, skin folds, and the
featherless epidermis of the face, foot, and cere, by direct
penetration234,238. Mites may be seen in the deeper layers
of the stratum corneum, where they cause hyperkeratosis
and sloughing of the keratin239. Affected birds initially
have whitish, yellow powdery debris over affected areas
(Figure 10.45). On the face, the lesions are first noted at

Fig. 10.41 Knemidocoptes gallinae female, dorsal view. Reproduced
from Hirst, S. (1922) with permission.

Fig. 10.42 Knemidokoptes mutans female, dorsal view. Reproduced
from Hirst, S. (1922) with permission.to cause pruritus208. Scales and small papules are produced

and result in thickened and wrinkled skin. Affected birds
lose feathers. The feathers of the head, neck, back,
abdomen, and upper legs are most likely affected. Affected
birds also lose weight, and egg production declines. Diag-
nosis is by identifying mites under the scales or beneath the
quills. Treatment for K. gallinae is similar to that described
for K. mutans. Control is via isolation of infected birds. A
thorough physical examination minimizes the risk of intro-
ducing K. gallinae into the flock. Knemidocoptes gallinae is
not a public health significance.

Knemidocoptes mutans. Morphology. Knemidocoptes
mutans (scaly-leg mite) measures 350 � to 450 � long by
280 � to 380 � wide234–236. Adults are short-legged and
have a striated epidermis208 (Figure 10.42).

Hosts and Life Cycle. The natural host of Knemido-
coptes mutans is the chicken. The life cycle of K. mutans is
completed on the skin in 10 to 14 days. Females burrow into
the epidermis and deposit eggs in the epidermal tunnel. Eggs
hatch in three to eight days, and larvae migrate to the skin
surface where they undergo successive molts to the adult
stage234.

Pathologic Effects and Clinical Disease. Lesions are
produced on the unfeathered positions of the leg, or occa-
sionally on the skin of the comb or wattles. Lesions include
irritation, inflammation, vesicle formation, serous exudation
and crust formation. As the infection worsens, there can be
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the base of the cere and the corners of the mouth. These
lesions extend to cover the eyes, forehead, and cere. The
beak also becomes distorted and friable234,239.

Diagnosis is by identifying mites in the skin and
scrapings from the lesions240. Treatment with ivermectin
has been effective in some cases. The isolation and thor-
ough examination of parakeets reduce the risk of infection
to the rest of the flock. Knemidocoptes pilae is not of public
health significance.

Laminosioptes cysticola. Morphology. Laminosioptes
cysticola (fowl cyst mite, flesh mite) measures 250 � long
by 110 � wide, and has a smooth dorsal integument with
long setae (Figure 10.46). The gnathosome is reduced in
size208, and the first two pairs of legs are short and end with
a claw-like tarsus. The third and fourth pairs are longer
with tarsi ending with long pad-like attachments.

Hosts and Life Cycle. Laminosioptes cysticola has
been reported in chickens, pheasants, geese, pigeons, and
other birds208. Details of the life cycle of L. cysticola are
lacking but females lay embryonated eggs. The entire life
cycle occurs on the host.

Pathologic Effects and Clinical Disease. Affected
birds develop small, yellow nodules in the subcutaneous tis-
sues. These nodules become calcified after the death of the
mite208. Affected birds may not show clinical signs. Carcasses
may appear unpalatable for consumption. Wing droop and

Fig. 10.44 Knemidocoptes pilae female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Fain, A. and Elsen, P. (1967) with permission.

Fig. 10.43 Leg lesions caused by Knemidocoptes mutans in a chicken.
Reproduced from Benbrook, E.A. and Sloss, M.W. (1961) with 
permission.



an unsteady gait occur with heavy infestations around the
region of the brachial plexus and sciatic nerves241.

Diagnosis, Treatment, and Prevention. Microscopic
examination of the skin and subcutis may reveal L. cysti-
cola. In addition, a diagnosis can be made by finding a
nodule and crushing it under a cover glass to confirm the
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presence of L. cysticola. Treatment regimens have not been
developed. Control of L. cysticola is difficult. Isolation of
affected birds, in conjunction with proper disinfection of
facilities, is recommended.

Public Health Considerations. Laminosioptes cysti-
cola is not of public health significance.

Suborder Mesostigmata
Dermanyssus gallinae. Morphology. Dermanyssus
gallinae (chicken mite, poultry red mite, red mite, roost
mite, poultry mite, red roost mite) measures 700 �m
by 400 �m, though engorged females can measure over
1 mm. They have characteristic ventral body plates.
The sternal shield has two pairs of setae, a truncated
genital plate, and an anal plate with a broad shield232

(Figure 10.47).
Hosts. Dermanyssus gallinae has been reported on

chickens, turkeys, pigeons, canaries, and free-living birds208.
It can also affect rodents and humans as incidental hosts.

Life Cycle. The life cycle of D. gallinae can be com-
pleted within a week208. Eggs laid in the environment hatch
in two to three days. Larvae can molt within one to two
days without having taken a blood meal. Two nymphal
stages occur, during which they feed and molt in one to two
days to the adult stage208. Feeding occurs only at night.

Pathologic Effects and Clinical Disease. Heavily
infested birds become anemic, the skin becomes inflamed,

Fig. 10.45 Lesions on the face (left) and leg (right) caused by Knemidocoptes pilae. Reproduced from Fain, A. and Elsen, P. (1967) with permission.

Fig. 10.46 Laminosioptes cysticola female, ventral view. Courtesy of
Institute of Acarology.



and scabs form. This mite serves as a reservoir for equine
encephalitis virus and other blood-borne pathogens. Heav-
ily infested birds become pale, lethargic, and restless, and
can have depressed weights and reduced egg production.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the mite. Nocturnal examinations facilitate
detection. Treatment for D. gallinae is similar to that
described for O. bacoti. A thorough physical examination
of incoming birds minimizes the likelihood of introducing
D. gallinae to the flock. Because D. gallinae feeds on the
bird only at night, environmental sanitation is important
in controlling this parasite.

Public Health Consideration. Dermanyssus gallinae
feeds on humans, and causes localized skin reaction.
Because it can also serve as a reservoir of arboviruses, there
should be caution when handling infected birds.

Ornithonyssus bacoti. Ornithonyssus bacoti commonly
infests wild rodents, but also affects chickens and other
birds. The biology of this mite is presented in Chapter 11,
Parasites of Rats and Mice. In birds, O. bacoti may cause
anemia. Birds become pale and lethargic, and production
(meat and eggs) is decreased.

Diagnosis is by identifying mites on the bird or in the
environment. Affected birds can be treated with an approved
insecticide. Treatments should occur twice over a five- to
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seven-day interval to ensure that the treatment will affect
both adults and juvenile stages. Permethrin sprays are effec-
tive and have residual effects for up to nine weeks211 when
applied as a 0.05% concentration. The use of carbamate pow-
der as a dusting agent is also effective208. Because O. bacoti is
primarily a rodent parasite, rodent control is essential to pre-
vent future infections. Treatment with approved pesticides in
the animal facilities is the most important prevention strategy
because the mite is only on the bird during feeding. Ornitho-
nyssus bacoti readily feeds on humans and can inflict a painful
bite. It can also harbor several human pathogens.

Ornithonyssus bursa. Ornithonyssus bursa (Syn. Liponyssus
bursa, Bdellonyssus bursa) (tropical fowl mite) is found on the
feathers and skin of chickens, pigeons, canaries, ducks,
sparrows, mynah birds, and others. Ornithonyssus bursa is
similar in appearance to O. bacoti and O. sylviarum208.
Compared to O. bacoti, it has shorter dorsal plate setae.
Compared to O. sylviarum, it has two pairs of setae on the
posterior end of its dorsal plate (Figure 10.48). The life cycle,
pathologic findings, clinical signs, diagnosis, and prevention
are similar to those of O. sylviarum242. Ornithonyssus bursa
will feed on humans and cause skin irritation.

Ornithonyssus sylviarum. Morphology. Ornithonyssus sylvi-
arum (Syn. Liponyssus sylviarum, Bdellonyssus sylviarum)

Fig. 10.47 Dermanyssus gallinae female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Hirst, S. (1922) with permission.



(northern fowl mite) is similar in appearance to O. bacoti,
except that the setae on its dorsal plate are smaller than
those found on the other parts of the dorsum. In O. bacoti,
these setae are larger on the dorsal plate than on the rest of
the dorsum (Figure 10.49). Moreover, to distinguish

PARASITES OF BIRDS 273

O. sylviarum from O. bursa, the tropical fowl mite, it is
noted that O. sylviarum has a single pair of setae at the
posterior dorsal plate, versus O. bursa, which bears two
pairs of setae in this location (Figure 10.50). Adults
measure 800 � long.

Fig. 10.48 Ornithonyssus bursa female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J., Hull,
W.B. and Keegan, H.L. (1956) with permission.

Fig. 10.49 Ornithonyssus sylviarum female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J.,
Hull, W.B. and Keegan, H.L. (1956) with permission.



Hosts and Life Cycle. Ornithonyssus sylviarum has
been recovered from chickens, pigeons and other birds243,
and may also temporarily feed on rodents and humans.
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The entire life cycle of O. sylviarum occurs on the host and
can be completed in less than one week242. Adult mites can
survive for two to three weeks in the absence of a host.

Pathologic Effects and Clinical Disease. Heavy
infestations can cause anemia. Skin, especially near the
vent region, can be scabby and thickened due to the mites.
Affected birds have matted and discolored feathers. Birds
may be restless, pale, and lethargic, and can have decreased
production (weight gain or egg production).

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying mites on the bird. Treatment for O. sylviarum
is similar to that of O. bacoti. A thorough physical examina-
tion of incoming birds, followed by treatment of affected
birds, minimizes infestation of the flock.

Public Health Considerations. Ornithonyssus
sylviarum feeds on humans and may cause pruritus.
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TABLE 10.1 Parasites of birds—circulatory/lymphatic system.

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Flagellates

Trypanosoma avium Worldwide Galliformes, Blood Black fly or None None known 1
Anseriformes, mosquito bite
Passeriformes

Coccidia

Atoxoplasma spp. Worldwide Passeriformes Mononuclear Transmitted by Death Not reported 49,50
leukocytes mites

Toxoplasma gondii Worldwide Birds Spleen, heart, Ingestion of Tissue cysts, Common 82
lung, liver, brain sporulated oocysts chorioretinitis zoonosis

in cat feces

Piroplasmids and Haemosporidia

Aegyptianella Africa, Asia, Birds Erythrocytes, heart Soft tick vector Anemia, diarrhea, Not reported 227
pullorum Europe pulmonary 

hypertension
Babesia moshkovskii Asia, Africa Chickens, other Erythrocytes Tick vector Unknown Not reported 1

birds
Haemoproteus Worldwide Pigeons, other Erythrocytes, Bite of pigeon ked, Generally unapparent, Not reported 1

columbae Columbiformes lung, liver, Pseudolynchia variable anorexia, 
spleen canariensis anemia, splenomegaly 

Haemoproteus Unknown Turkeys Erythrocytes, Arthropod vector None Not reported 89
meleagridis spleen, heart

Haemoproteus Unknown Waterfowl Erythrocytes, Culicoides bite None Not reported 1
nettionis spleen, heart

Haemoproteus Unknown Columbiformes Erythrocytes, Bite of hippoboscid None Not reported 1
meleagridis spleen, heart fly

Haemoproteus spp. Worldwide Birds Erythrocytes, Arthropod vector Variable Not reported 44, 86–88
spleen, heart

Leucocytozoon Unknown Chickens, Leucocytes, Simulium bite None Not reported 94
andrewsi pheasants erythrocytes, 

visceral organs
Leucocytozoon Asia, Chickens, guinea Leucocytes, Culicoides bite Anemia, diarrhea, Not reported 90,91

caulleryi North America fowl, pheasants erythrocytes, reduced production
visceral organs

Leucocytozoon Worldwide Columbiformes Leucocytes, Arthropod vector None Not reported 1
marchouxi erythrocytes, 

visceral organs
Leucocytozoon Asia Chickens, pheasants Leucocytes, Arthropod vector Anemia, diarrhea Not reported 93

sabrazesi erythrocytes, 
visceral organs
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TABLE 10.1 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Leucocytozoon simondi Unknown Anseriformes Leucocytes, Simulium bite Splenomegaly, hepatitis, Not reported 95
erythrocytes, anemia, leukocytosis,
visceral organs pneumonia

Leucocytozoon smithi Unknown Turkeys Leucocytes, Simulium bite Splenomegaly, Not reported 96
erythrocytes, hepatomegaly, icterus, 
visceral organs enteritis, pneumonia

Leucocytozoon spp. Worldwide Galliformes, other Leucocytes, Arthropod vector Variable Not reported 93,94
birds erythrocytes, 

visceral organs
Plasmodium catherium Unknown Canaries, other Erythrocytes, liver, Mosquito bite Vasculitis Not reported 97

Passeriformes skeletal muscle
Plasmodium Worldwide Passerines, other Erythrocytes, Mosquito bite None Not reported 98

circumflexum birds liver, lung
Plasmodium durae Unknown Turkeys, other birds Erythrocytes, Mosquito bite Cardiomyopathy Not reported 99

liver, lung
Plasmodium fallux Unknown Guinea fowl, Erythrocytes, Mosquito bite Mildly pathogenic Not reported 1

other birds lung, liver
Plasmodium Asia Galliformes Erythrocytes, Mosquito bite Anemia, cerebral Not reported 1

gallinaceum lung, liver vasculitis, splenomegaly,
high mortality

Plasmodium hermani Unknown Turkeys, other Erythrocytes, Mosquito bite Anemia, splenomegaly Not reported 100
Galliformes, lung, liver
Anseriformes,
Passeriformes

Plasmodium Americas, Asia Chickens, other Erythrocytes, Mosquito bite Anemia, splenomegaly, Not reported 1
juxtanucleare Galliformes lung, liver pericardial effusion, 

high mortality
Plasmodium Worldwide Canaries, other birds Erythrocytes, Unknown arthropod Highly pathogenic Not reported 1

matutinum lung, liver vector
Plasmodium relictum Unknown Many birds Erythrocytes, Mosquito bite Anemia, splenomegaly, Not reported 1

lung, liver hepatomegaly
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TABLE 10.2 Parasites of birds—enterohepatic system.

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Flagellates

Chilomastix gallinarum Worldwide Galliformes, Ceca Fecal-oral None Not reported 5
Anseriformes

Cochlosoma anatis Worldwide Geese, turkeys Intestines Fecal-oral Enteritis Not reported 13
Cochlosoma spp. Worldwide Passeriformes Intestines Fecal-oral Enteritis Not reported 14,15
Giardia psittaci Worldwide Psittaciformes, Small intestine Fecal-oral Enteritis Not reported 19

Passeriformes, 
Anseriformes,

Hexamita columbae Worldwide Pigeons Intestines Fecal-oral Catarrhal Not reported 22
enteritis

Hexamita meleagridis Worldwide Galliformes, Small intestine, Fecal-oral Enteritis Not reported 2
psittacines ceca, bursa

Hexamita spp. Unknown Finches, parrots Small intestine, Fecal-oral Unknown Not reported 20,26
ceca

Histomonas meleagridis Worldwide Turkeys, pheasants, Ceca, liver Fecal-oral, or Enteritis, Not reported 30
peafowl, chickens ingestion of hepatitis

organism in 
Heterakis eggs

Pentatrichomonas Worldwide Galliformes Ceca, liver Fecal-oral None Not reported 1
gallinarum

Tetratrichomonas anatis Worldwide Ducks Ceca Fecal-oral None Not reported 1
Tetratrichomonas anseris Worldwide Geese Ceca Fecal-oral None Not reported 1
Tetratrichomonas Worldwide Galliformes Ceca Fecal-oral None Not reported 34

gallinarum
Trichomonas gallinae Worldwide Galliformes, Mouth and upper Ingestion of Caseous nodules Not reported 3

Columbiformes, digestive tract organism passed in or ulcers
Passeriformes, pigeon milk or in
Psittaciformes contaminated water

Tritrichomonas eberthi Worldwide Chickens, turkeys, Ceca Fecal-oral None Not reported 43
ducks

Amoebae

Endolimax Worldwide Galliformes, Ceca Fecal-oral None Not reported 1
gregariniformis Anseriformes,

others
Entamoeba anatis Worldwide Ducks Large intestine Fecal-oral None Not reported 1
Entamoeba gallinarum Worldwide Galliformes, Ceca Fecal-oral None Not reported 1

Anseriformes
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TABLE 10.2 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Coccidia

Blastocystis spp. Unknown Chickens, other Intestines Ingestion of None Not reported 1
birds sporulated oocyst

Cryptosporidum baileyi Worldwide Cockatiels, other Intestine, lung, Ingestion of Usually none Not reported 53,57
birds other organs sporulated oocyst

Cryptosporidium Worldwide Turkeys, other Intestine, lung, Ingestion of Occasional Reported 51,52
meleagridis Galliformes, other organs sporulated oocyst enteritis

other  birds
Cryptosporidium spp. Worldwide Various birds Gastrointestinal tract, Ingestion of Variable Not reported 20,29,60

other locations sporulated oocyst
Eimeria acervulina Worldwide Chickens Small intestine Ingestion of Occasional Not reported 1

(jejunum) sporulated oocyst enteritis
Eimeria adenoeides Worldwide Turkeys Lower intestinal tract Ingestion of Severe Not reported 1

sporulated oocyst hemorrhagic  
enteritis

Eimeria anatis Worldwide Ducks Small intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria battakhi Unknown Ducks Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria columbae Worldwide Pigeons Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria danailova Unknown Ducks Small intestine Ingestion of Catarrhal and Not reported 1
sporulated oocyst hemorrhagic 

enteritis
Eimeria necatrix Worldwide Chickens Small intestine Ingestion of Enteritis None 1

(jejunum) sporulated oocyst
Eimeria brunetti Worldwide Chickens Small intestine Ingestion of Necrotic enteritis Not reported 1

(jejunum) to sporulated oocyst
colon

Eimeria dispersa Worldwide Galliformes Small intestine Ingestion of Mild enteritis Not reported 1
sporulated oocyst

Eimeria dunsingi Unknown Parakeets Small intestine Ingestion of Enteritis Not reported 1
sporulated oocyst

Eimeria gallopavonis Worldwide Turkeys Large intestine Ingestion of Mild enteritis Not reported 1
sporulated oocyst

Eimeria gorakhpuri Unknown Guinea fowl Large intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria grenieri Unknown Guinea fowl Intestine Ingestion of Mild enteritis Not reported 1
sporulated oocyst

Eimeria haematodi Unknown Lorikeets Intestine Ingestion of Unknown Not reported 1
sporulated oocyst

Eimeria hagani Worldwide Chickens Small intestine Ingestion of Mild enteritis, Not reported 1
(duodenum) sporulated oocyst villus tips 

primarily
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Eimeria inocua Worldwide Turkeys Small intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria kotlani Unknown Geese Large intestine Ingestion of Hemorrhagic Not reported 1
sporulated oocyst enteritis

Eimeria labbeana Worldwide Pigeons, doves Intestine Ingestion of Enteritis, stunting Not reported 1
sporulated oocyst

Eimeria mandali Worldwide Peafowl Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria maxima Worldwide Chickens Small intestine Ingestion of Hemorrhagic Not reported 1
(jejunum) sporulated oocyst enteritis

Eimeria mayurai Worldwide Peafowl Small intestine Ingestion of Enteritis Not reported 1
(jejunum) sporulated oocyst

Eimeria meleagridis Worldwide Turkeys Small intestine Ingestion of None Not reported 1
(jejunum) sporulated oocyst

Eimeria meleagrimitis Worldwide Turkeys Small intestine Ingestion of Catarrhal enteritis Not reported 1
sporulated oocyst

Eimeria mitis Worldwide Chickens Small intestine Ingestion of Occasional enteritis Not reported 1
sporulated oocyst

Eimeria mivati Worldwide Chickens Small intestine Ingestion of Enteritis, Not reported 1
(duodenum) sporulated oocyst sometimes death

Eimeria mulardi Unknown Ducks Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria nocens Unknown Geese Intestine Ingestion of Enteritis Not reported 1
sporulated oocyst

Eimeria numidae Worldwide Guinea fowl Intestine Ingestion of Catarrhal enteritis Not reported 1
sporulated oocyst

Eimeria pavonina Worldwide Peafowl Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria pavonis Worldwide Peafowl Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria praecox Worldwide Chickens Small intestine Ingestion of None Not reported 1
(jejunum) sporulated oocyst

Eimeria saitamae Unknown Ducks Small intestine Ingestion of Enteritis Not reported 1
sporulated oocyst

Eimeria schachdagica Unknown Ducks Intestine Ingestion of None Not reported 1
sporulated oocyst

Eimeria stigmosa Unknown Geese Large and small Ingestion of None Not reported 1
intestines sporulated oocyst

Eimeria subrotunda Worldwide Turkeys Small intestine Ingestion of None Not reported 1
(duodenum) sporulated oocyst

Eimeria tenella Worldwide Chickens Ceca Ingestion of Hemorrhagic Not reported 3
sporulated oocyst to fibrinonecrotic 

enteritis, diarrhea,
anorexia, death
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TABLE 10.2 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Eimeria tropicalis Unknown Pigeons Intestine Ingestion of Enteritis Not reported 1
sporulated oocyst

Eimeria spp. Worldwide Quail, pheasants, Intestines Ingestion of Variable Not reported 33
other Galliformes sporulated oocyst

Isospora spp. Worldwide Various birds Intestines Ingestion of Variable Not reported 74–76
sporulated oocyst

Tyzzeria parvula Unknown Geese Small intestine Ingestion of None Not reported 1
sporulated oocyst

Tyzzeria perniciosa Unknown Ducks Small intestine Ingestion of Hemorrhagic Not reported 1
sporulated oocyst enteritis

Wenyonella anatis Unknown Ducks Intestine Ingestion of None Not reported 1
sporulated oocyst

Wenyonella columbae Unknown Pigeons Small intestine Ingestion of None Not reported 1
sporulated oocyst

Wenyonella gallinae Unknown Chickens Large intestine Ingestion of Hemorrhagic Not reported 1
sporulated oocyst enteritis

Trematodes

Digenetic

Catatropis verrucosa Europe, Chickens, other Ceca, rectum Ingestion of cercaria Mild typhlitis Not reported 101
North America birds encysted on snail 

shell or vegetation
Echinoparyphium Worldwide Chickens, other Small intestine Ingestion of infected Severe enteritis, Not reported 101

recurvatum birds mollusk (snail) or anemia, 
amphibian (tadpole) emaciation

Echinostoma spp. Worldwide Chickens, other Intestines Ingestion of infected Variable Not reported 101
birds mollusk (snail)

Hypoderaeum conoideum Worldwide Chickens, other Small intestine Ingestion of infected Unknown Reported 101
birds mollusk (snail)

Notocotylus attenuatus Asia, Europe Chickens, other Ceca, rectum Ingestion of cercaria Slight cecal erosion Not reported 101
birds encysted on snail 

shell or vegetation
Notocotylus thienemanni Europe Chickens, other Ceca Ingestion of cercaria Probably slight Not reported 101

birds encysted on snail cecal erosion
shell or vegetation

Platynosumum spp. Worldwide Cockatoos Liver, bile ducts Ingestion of Hemorrhagic Not reported 101
intermediate host typhlitis

Postharmostomum Worldwide Chickens, pigeons, Small intestine, ceca Ingestion of infected Hemorrhagic Not reported 101
gallinum other birds snail typhlitis

Ribeiroia ondatrae North America Chickens, other Proventriculus Ingestion of None Not reported 101
birds metacercaria in 

fishes
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Zygocotyle lunata North America Birds Ceca, small intestine Ingestion of None Not reported 101
metacercaria 
encysted on 
vegetation

Cestodes

Cyclophyllidea

Amoebotaenia cuneata Worldwide Chicken, other Small intestine Ingestion of Mild to unapparent Not reported 108
birds intermediate host infection

(earthworms)
Choanotaenia Worldwide Chicken, other Small intestine Ingestion of Mild or unapparent Not reported 109

infundibulum birds intermediate host except in heavy 
(flies, beetles, other infections
insects)

Cotugnia digonopora Africa, Asia, Chicken, other Intestine Ingestion of Enteritis Not reported 108
Europe birds intermediate 

host (ants)
Cotugnia spp. Unknown Pigeons Small intestine Unknown Unknown Not reported 108
Davainea proglottina Worldwide Chickens, pigeons, Duodenum Ingestion of Diarrhea, weight Not reported 112

other birds intermediate host loss, ruffled 
(snails, slugs) plumage, enteritis

Fimbriaria fasciolaris Worldwide Chickens, Small intestine Ingestion of None Not reported 108
Anseriforms intermediate host 

(copepods)
Hymenolepis cantaniana Asia, Europe, Chickens Small intestine Ingestion of None Not reported 108

North America intermediate host 
(dung beetles)

Hymenolepis carioca Hawaii, Chickens, other birds Small intestine Ingestion of May cause enteritis Not reported 114
North America intermediate host 

(dung beetles, stable 
flies, flour beetles)

Hymenolepis megalops Unknown Waterfowl Cloaca, bursa of Ingestion of Unknown Not reported 108
Fabricius intermediate host 

(crustaceans)
Metroliasthes lucida Africa, Asia, Turkeys, other Small intestine Ingestion of Unknown Not reported 108

North America birds intermediate host 
(grasshoppers,
beetles)

Raillietina cesticillus Worldwide Chickens, other Small intestine Ingestion of Sometimes decreased Not reported 118
birds intermediate host growth rate, 

(beetles) emaciation
Raillietina echinobothrida Worldwide Chickens, quail, Small intestine Ingestion of Intestinal nodules, Not reported 123

other birds intermediate enteritis, diarrhea, 
host (ants) emaciation,

sometimes death
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Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Raillietina georgiensis Unknown Turkeys Intestines Ingestion of Enteritis Not reported 108
intermediate
host (ants)

Raillietina tetragona Worldwide Chickens, pigeons, Small intestine Ingestion of Enteritis Not reported 114,124
other birds intermediate

host (ants)
Raillietina spp. Unknown Psittacines Small intestine Unknown Unknown Not reported 20

Nematodes

Rhabditoidea

Strongyloides avium Americas, Asia Chickens, Small intestine, ceca Ingestion or skin Enteritis in Not reported 130
other birds penetration of young birds

infective larva
Strongyloides oswaldoi South America Chickens Adult: intestine Ingestion or skin Enteritis in Not reported 132

Larva: lungs penetration of young birds
infective larva

Heterakoidea

Ascaridia bonasae North America Grouse Small intestine Ingestion of Unknown Not reported 131
embryonated egg 
on soil or in insect 
transport host

Ascaridia columbae Worldwide Pigeons, doves Small intestine, Ingestion of Hepatitis Not reported 131,133
liver, lung embryonated egg

Ascaridia compar Asia, Europe, Grouse, partridges, Small intestine Ingestion of Unknown Not reported 135
North America pheasants, quail embryonated egg 

on soil or in insect 
transport host

Ascaridia dissimilis North America Turkeys Small intestine Ingestion of Enteritis, hepatic Not reported 136
embryonated egg granulomata, 
on soil or in insect death
transport host

Ascaridia galli Worldwide Chickens, turkeys, Small intestine Ingestion of Anemia, enteritis, Not reported 131,147
doves, ducks, embryonated egg intestinal blockage, 
geese, guinea fowl on soil or in insect thymic atrophy, 

transport host death
Ascaridia numidae Unknown Guinea fowl Small intestine, ceca Ingestion of Unknown Not reported 131

embryonated egg 
on soil or in insect 
transport host
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Heterakis beramporia Asia Chickens Ceca Ingestion of Cecal nodules Not reported 101
embryonated egg 
on soil or in 
earthworms

Heterakis dispar Asia Ducks, geese Ceca Ingestion of None Not reported 131
embryonated egg 
on soil or in 
earthworms

Heterakis gallinarum Worldwide Chickens, other birds Ceca Ingestion of Vector of Histomonas None 101
embryonated egg meleagridis
on soil or in 
earthworms

Heterakis isolonche Worldwide Pheasants, other birds Ceca Ingestion of Cecal nodules, Not reported 158
embryonated egg typhlitis
on soil or in 
earthworms

Subuluroidea

Aulonocephalus lindquisti Unknown Quail Small intestine, ceca Unknown None Not reported 131
Subulura brumpti Worldwide Galliformes, ducks Ceca Ingestion of None Not reported 131

intermediate host 
(beetles, grasshop-
pers, cockroaches)

Subulura differens Worldwide Galliformes Distal small intestine Ingestion of None Not reported 184
intermediate host 
(arthropods)

Subulura minetti India Chickens Ceca Unknown None Not reported 184
Subulura strongylina Americas Chickens, guinea Ceca Ingestion of None Not reported 131

fowl, quail intermediate host 
(arthropods)

Subulura suctoria Former Galliformes Ceca, small intestine Ingestion of None Not reported 131,162
Soviet Union, intermediate host 
South America (arthropods)

Trichostrongyloidea

Amidostomum anseris Unknown Ducks, geese, Gizzard Ingestion of larva Gizzard Not reported 131
pigeons hemorrhages, 

necrosis
Amidostomum skrjabini Unknown Ducks, pigeons Gizzard Ingestion of larva Gizzard Not reported 131

hemorrhages,
necrosis

Epomidiostomum Unknown Ducks, geese, pigeons Gizzard Ingestion of larva Unknown Not reported 176
uncinatum

Ornithostrongylus Europe Galliformes Intestine Ingestion of larva Unknown Not reported 101
hastatus
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Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Ornithostrongylus Worldwide Pigeons, other birds Crop, proventriculus, Ingestion of larva Catarrhal to Not reported 101
quadriradiatus duodenum hemorrhagic

enteritis
Trichostrongylus tenuis Worldwide Galliformes, Ceca, small intestine Ingestion of larva Catarrhal to Not reported 177

Anseriformes hemorrhagic
enteritis

Spiruroidea

Acuaria skrjabini Worldwide Passerines Gizzard Ingestion of insect Degeneration of Not reported 131
intermediate host mucosal glands 

of the gizzard
Cheilospirura hamulosa Worldwide Galliformes Esophagus, crop, Ingestion of Anemia, ulceration, Not reported 131,185

gizzard intermediate host nodule formation 
(grasshoppers, in gizzard
sandhoppers,
beetles, weevils)

Cheilospirura spinosa Worldwide Galliformes Gizzard Ingestion of Anemia, Not reported 131
intermediate host hemorrhages of 
(grasshoppers) gizzard lining

Cyrnea colini Unknown Galliformes Proventriculus Ingestion of None Not reported 131
intermediate host 
(cockroaches)

Dispharynx nasuta Worldwide Pigeons, other birds Proventriculus Ingestion of Proventricular Not reported 131,185,
intermediate host nodules, 186
(sowbugs, pillbugs) inflammation, 

hemorrhaging,
and ulceration

Echinura uncinata Unknown Anseriformes, Esophagus, Ingestion of Anemia, Not reported 131,187
other birds proventriculus, intermediate host hemorrhages of 

gizzard, small (water fleas) gizzard lining
intestine

Gongylonema ingluvicola Worldwide Galliformes Crop, esophagus, Ingestion of Mild inflammation Not reported 131
proventriculus intermediate host of crop

(cockroaches)
Hartertia gallinarum Africa Chickens, other birds Small intestine Ingestion of Emaciation Not reported 184

intermediate host diarrhea, death
(arthropods)

Histiocephalus laticaudatus Europe Chickens Gizzard Unknown Hemorrhagic Not reported 101,131
inflammation of 
the gizzard, 
nodule formation
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Streptocara crassicauda Unknown Ducks Crop, esophagus, Ingestion of Esophagitis, Not reported 101,131
proventriculus, intermediate host pharyngitis
gizzard (amphipods)

Tetrameres americana Africa, Americas Chickens, grouse, Proventriculus Ingestion of Proventriculitis Not reported 131,184
quail, turkeys, intermediate host 
pigeons, ducks (cockroaches, 

grasshoppers)
Tetrameres confusa Asia, Chickens, pigeons, Proventriculus Ingestion of Proventriculitis Not reported 131

South America other birds intermediate host
Tetrameres crami Africa, Americas Ducks Proventriculus Ingestion of Emaciation Not reported 131,192

intermediate host 
(amphipods)

Tetrameres fissispina Worldwide Ducks, geese, Proventriculus Ingestion of Proventriculitis Not reported 131,193,
other birds intermediate host 194

(water fleas, 
amphipods,
grasshoppers,
cockroaches, 
earthworms)

Tetrameres pattersoni North America Quail Proventriculus Ingestion of Proventriculitis Not reported 131,195
intermediate host 
(grasshoppers,
cockroaches)

Trichuroidea

Capillaria anatis Worldwide Galliformes, Small intestine, ceca Unknown Enteritis Not reported 131
Anseriformes

Capillaria annulata Worldwide Galliformes Esophagus, crop Ingestion of Thickening and Not reported 101
earthworm necrosis of the 
paratenic host crop glands

Capillaria bursata Worldwide Galliformes Small intestine Ingestion of Unknown Not reported 131
earthworm 
paratenic host

Capillaria caudinflata Europe, Galliformes, Small intestine Ingestion of Unknown Not reported 131
North America Anseriformes earthworms

Capillaria contorta Worldwide Galliformes Esophagus, crop Ingestion of Thickening and Not reported 131
embryonated egg necrosis of the 
or earthworms crop glands

Capillaria montevidensis Uruguay Chickens Ceca Unknown None Not reported 131
Capillaria obsignata Worldwide Galliformes Small intestine, ceca Ingestion of Intestinal Not reported 201–204

embryonated egg thickening, 
catarrhal or 
hemorrhagic
enteritis
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TABLE 10.2 (Continued )

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Capillaria uruguanensis Uruguay Chickens Ceca, large intestine Unknown None Not reported 131

Acanthocephala

Mediorhynchus Asia Chickens Small intestine Unknown Unknown Not reported 131
gallinarum

Polymorphus boschadis Unknown Ducks, swans Intestines Unknown Hemorrhagic Not reported 131
enteritis, death 
of young birds

Polymorphus minutus Europe, Chickens, ducks, Small intestine Ingestion of Nodule formation Not reported 131
North America other birds intermediate host in intestinal wall

(crustaceans, fishes)
Prosthorhynchus formosus North America Chickens, Small intestine Ingestion of Unknown Not reported 131

Passeriformes intermediate host 
(isopods)
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TABLE 10.3 Parasites of birds—musculoskeletal system

Geographic Location Method of Pathologic 
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Arthrocystis Unknown Chicken Muscles Ingestion of Unknown Not reported 1
galli sporozoites

Sarcocystis Worldwide Canaries, other Muscles, Ingestion of Pulmonary  Not reported 78,79
falcatula birds; definitive lungs sporozoites edema,

host � opossum pneumonitis,
hepatitis

Sarcocystis Worldwide Chickens; Muscles Ingestion of Benign muscle Not reported 1
horvathi definitive hosts sporozoites cysts

� dog, cat
Sarcocystis rileyi Worldwide Ducks; definitive Muscles Ingestion of Benign muscle Not reported 1

hosts � skunk, sporozoites cysts
opossum,
dog, cat

Sarcocystis spp. Worldwide Psittaciformes Muscles Ingestion of None Not reported 20
sporozoites



TABLE 10.4 Parasites of birds—respiratory system.

Geographic 
Parasite distribution Hosts Location in host Method of infection Pathologic effects Zoonosis Reference

Coccidia

Cryptosporidium spp. Worldwide Cockatiels Lungs Ingestion of Pneumonia Not reported 53
sporulated oocyst

Sarcocystis falcatula Worldwide Canaries, other Muscles, lungs Ingestion of Pulmonary edema, Not reported 78,79
birds; definitive sporozoites pneumonitis,
host � opossum hepatitis

Trematodes

Clinostomum Worldwide Chickens, pigeons Trachea Ingestion of infected Unknown Not reported 101
attenuatum amphibians

Nematodes

Strongyloidea

Cyathostoma Worldwide Ducks, geese, turkeys Larynx, trachea, Ingestion of infective Bronchitis, Not reported 164,165
bronchialis bronchi, abdominal larva or transport pneumonitis

air sacs host (earthworms)
Syngamus trachea Worldwide Chickens, other Trachea, bronchi, Ingestion of Tracheitis, tracheal Not reported 131,168

Galliformes, bronchioles embryonated egg, nodules
Passeriformes infective larva, or 

transport host 
(earthworms, 
snails, slugs)

Syngamus Former Chickens, geese Trachea Ingestion of Unknown Not reported 110
skrjabinomorpha Soviet Union embryonated egg, 

infective larva, or 
transport host 
(earthworms, 
snails, slugs)

Arachnida

Mites

Astigmates

Cytodites nudus Worldwide Chickens, other birds Respiratory tract Direct contact Pulmonary edema, Not reported 233
pneumonia,
increased tracheal 
and bronchial 
mucus
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TABLE 10.5 Parasites of birds—skin and connective tissue.

Geographic Method of Pathologic 
Parasite distribution Hosts Location in/on host infection effects Zoonosis Reference

Trematodes

Collyriclum faba North America, Chickens, Skin, subcutaneous Unknown Anemia, Not reported 102
Europe other birds tissues emaciation

Philophthalmus gralli Asia, Hawaii Chickens, Conjunctival sac Ingestion of cercaria Conjunctival Reported 108
other birds encysted on snail congestion and 

shell or vegetation erosion
Philophthalmus Philippine Islands Chickens Conjunctival sac Ingestion of cercaria Conjunctival Not reported 108

problematicus encysted on snail congestion and 
shell or vegetation erosion

Nematodes

Metastrongyloidea

Eulimdana spp. Worldwide Pigeons Subcutaneous tissues Unknown Cellulitis, Not reported 244
of the neck, shoulder, tenosynovitis
esophagus, crop

Pelecitus spp. Worldwide Passeriformes, Subcutaneous tissues of Unknown Cellulitis, Not reported 182
Anseriformes, the neck, legs, feet tenosynovitis
Psittaciformes

Spiruroidea

Ceratospira spp. Unknown Psittaciformes Conjunctival sac Ingestion of arthropod Unknown Not reported 245
intermediate host

Oxyspirura mansoni Worldwide Galliformes, Conjunctival sac Ingestion of Ophthalmia, Not reported 131
Columbiformes intermediate host swollen nictitating 

(cockroaches) membranes
Oxyspirura petrowi Worldwide Galliformes Conjunctival sac Ingestion of Ophthalmia, swollen Not reported 131

intermediate host nictitating 
(cockroaches) membranes

Dracunculoidea

Avioserpens spp. Worldwide Anseriformes Subcutaneous tissues Ingestion of Subcutaneous Not reported 131
of the neck intermediate host granulomata

(copepod)

Filaroidea

Aproctella stoddardi Unknown Galliformes Coelomic cavity Unknown biting Granulomatous Not reported 131
arthropod pericarditis

Singhfilaria hayesi Unknown Quail, turkeys Subcutaneous tissues Unknown biting None Not reported 131
of neck region arthropod
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TABLE 10.5 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in/on host infection effects Zoonosis Reference

Arthropods

Diptera (flies)

Calliphoridae Worldwide Birds, mammals Skin wounds Eggs deposited by Dermal myiasis; Reported 207
female fly fetid skin wounds

Ceratopogonidae Worldwide Birds, mammals Skin Direct contact Irritation, pathogen Common 208
(midges) transmission

Culicidae (mosquitoes) Worldwide Birds, other Skin Direct contact Pruritus, local Common 208
terrestrial inflammation, 
vertebrates pathogen

transmission
Hippoboscidae (keds) Worldwide Pigeons Skin, plumage Direct contact Anemia Reported 208

(Pseudolynchia 
canariensis)

Muscidae (filth flies) Worldwide Birds, mammals Skin Direct contact Irritation, pathogen Common 207
transmission,
accidental myiasis

Oestridae (bots) Worldwide Birds, mammals Subcutaneous tissues Eggs deposited by Dermal cysts Common 209
(Dermatobia hominis) female fly (“Human 

botfly”)
Sarcophagidae Worldwide Birds, mammals Skin wounds Larvae deposited by Dermal myiasis; fetid Reported 207

(flesh flies) female fly skin wounds
Simulidae (blackflies) Worldwide Birds, mammals Skin Direct contact Irritation, pathogen Common 208

transmission

Phthiraptera (lice)

Anaticola anseris Unknown Geese Plumage Direct contact Unknown Not reported 208
Anaticola crassicormis Unknown Ducks Plumage Direct contact Unknown Not reported 208
Campanulotes Unknown Pigeons Plumage Direct contact Unknown Not reported 208

bidentatus compare
Chilopistes meleagridis Unknown Turkeys Plumage Direct contact Unknown Not reported 208
Columbicola columbae Unknown Pigeons Plumage Direct contact Unknown Not reported 208
Cuclotogaster Worldwide Chickens Plumage, especially Direct contact Feather damage, Not reported 208

heterographa of neck, head irritation,
restlessness, weight 
loss, retarded 
growth

Goniocotes gallinae Worldwide Chickens Plumage, especially Direct contact Feather damage, Not reported 215
down feathers restlessness

Goniodes spp. Worldwide, Chickens, Plumage Direct contact None Not reported 215
especially in other birds
temperate
climates
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Lagopoecus sinensis China Chickens Plumage Direct contact Unknown Not reported 208
Lipeurus spp. Worldwide Chickens, Plumage, especially of Direct contact Restlessness Not reported 215,216

other birds primary flight, tail, 
or back feathers

Menacanthus cornutus Worldwide Chickens Plumage Direct contact Irritation, Not reported 215
unthriftiness,
sometimes death

Menacanthus pallidulus Worldwide Chickens Plumage Direct contact Irritation, Not reported 215
unthriftiness,
sometimes death

Menacanthus stramineus Worldwide Chickens, turkeys, Plumage, especially Direct contact Anemia, feather Not reported 208
guinea fowl, near vent damage,
other birds restlessness

Menopon gallinae Worldwide Chickens, guinea Plumage Direct contact Anemia, irritation, Serves as 196
fowl, other birds restlessness, reservoir of 

unthriftiness Chlamydophila 
psittaci

Oxylipeurus dentatus Asia, Chickens Plumage Direct contact Unknown Not reported 215
South America

Syringophillus spp. Worldwide Chickens, Plumage Direct contact Feather loss Not reported 208
other birds

Trinoton anserinum Unknown Geese Plumage Direct contact Unknown Not reported 208
Trinoton querquedulae Unknown Ducks Plumage Direct contact Unknown Not reported 208

Siphonaptera (fleas)

Ceratophyllus gallinae Worldwide Chickens, turkeys, Plumage, skin Direct contact Anemia, irritation, Reported 208
mammals local edema, 

dermal ulcers
Ceratophyllus niger North America Chickens, turkeys, Skin Direct contact Anemia Reported 208

other birds, 
mammals

Echidnophaga gallinacea Worldwide Chickens, other Skin; usually on head Direct contact Lymphoplasmacytic Common; may 221,224
birds, mammals and other unfeathered dermatitis transmit agents 

areas of plague, 
typhus; harbors
Salmonella 
typhimurium

Hemiptera (bugs)

Cimex boueti Worldwide Chickens Skin Direct contact Anemia, local Reported 208
swelling and 
pruritus

Cimex columbarius Europe Pigeons Skin Direct contact Anemia, local Reported 208,225
swelling and 
pruritus
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TABLE 10.5 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in/on host infection effects Zoonosis Reference

Cimex hemipterus Worldwide Chickens, bats Skin Direct contact Anemia, local Common 225
swelling and 
pruritus

Cimex lectularius Europe Pigeons, other Skin Direct contact Anemia, local Common 208
birds, mammals swelling and 

pruritus
Haematosiphon Americas Chickens, turkeys, Skin Direct contact Anemia, local Reported 101

inodorus raptors swelling and 
pruritus

Hesperocimex Mexico Chickens, Skin Direct contact Anemia, local Reported 208
cochimiensis other birds swelling and 

pruritus
Hesperocimex coloradensis North America Chickens, Skin Direct contact Anemia, local Reported 225

other birds swelling and 
pruritus

Hesperocimex sonorensis North America Chickens, Skin Direct contact Anemia, local Reported 225
other birds swelling and 

pruritus
Ornithocoris pallidus Unknown Chickens Skin Direct contact Anemia, local Reported 208

swelling and 
pruritus

Ornithocoris toledoi South America Chickens Skin Direct contact Anemia, local Common 208
swelling and 
pruritus

Triatoma protracta South America Chickens, mammals Skin Direct contact Variable anemia Reported 246
Triatoma sanguisa South America Chickens Skin Direct contact Variable anemia Reported 246

Arachnida

Ticks (Hard)

Amblyomma spp. Worldwide Birds Skin Direct contact Anemia Common 229
Haemaphysalis Worldwide Rabbits, chickens, Skin Direct contact Anemia Reported 228

leporispalustris other birds
Ixodes spp. Worldwide Birds, mammals Skin Direct contact Anemia, local Common 230,231

` inflammation,
secondary 
bacterial infection

Ticks (Soft)

Argas spp. Worldwide Birds Skin Direct contact Anemia, pathogen Reported; 226,227
transmission serve as 

reservoirs of 
human
pathogens
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Ornithodoros spp. Worldwide Birds, mammals Skin Direct contact Anemia Common 228

Mites

Astigmates

Dermoglyphus elongatus Worldwide Birds Quill feathers Direct contact Feather loss Not reported 208
Dermoglyphus minor Worldwide Birds Quill feathers Direct contact None Not reported 208
Epidermoptes bilobatus Worldwide Chickens Skin Direct contact Dermatitis, Not reported 208

feather loss
Knemidokoptes gallinae North America, Chickens, pigeons, Skin of body, head, Direct contact Dermatitis, pruritus, Not reported 208

Europe, Africa; pheasants upper legs feather loss, dermal 
probably scales, papules
worldwide

Knemidokoptes mutans Worldwide Chickens Skin, beneath epidermal Direct contact Irritation, Not reported 208
scales of legs inflammation,

vesicles, crusts on 
legs, deformity 
of legs, lameness

Knemidokoptes pilae Worldwide Parakeets Skin, usually base Direct contact Crust formation on Not reported 239
of beak, legs face and legs, 

beak deformities
Laminosioptes cysticola Worldwide Chickens, turkeys, Subcutis Direct contact Subcutaneous Not reported 208

pheasants, nodules
grouse, pigeons

Megninia spp. Worldwide Birds Down feathers, Direct contact Sometimes dermal Not reported 208
contour feathers irritation

Pterolichus obtusus Worldwide Chickens Wing feathers, tail Direct contact Sometimes reduced Not reported 208
feathers vigor

Rivoltasia bifurcata Worldwide Chickens Skin, downy parts of Direct contact Pruritus, feather Not reported 208
quill feathers damage

Mesostigmates

Haemolaelaps casalis Worldwide Chickens Skin, feathers Direct contact None Reported 208
Haemolaelaps glasgowi Europe Chickens Skin, feathers Direct contact None Reported 208
Ornithonyssus bursa Worldwide Chickens, Skin, feathers Direct contact Anemia, irritation, Reported 208

other birds matted feathers
Ornithonyssus sylviarum Worldwide Chickens, pigeons, Skin, feathers Direct contact Anemia, matted and Reported 208

other birds, discolored feathers, 
mammals scab formation, 

thickened skin, 
retarded growth

Dermanyssus gallinae Worldwide Chickens, other Skin Direct contact Anemia, dermatitis, Reported; serves 208
birds, mammals irritation, lethargy, as reservoir of 

restlessness, human 
decreased produc- pathogens
tion, pathogen
transmission
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TABLE 10.5 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in/on host infection effects Zoonosis Reference

Prostigmates

Eutrombicula spp. Americas Birds, humans Skin Direct contact Abscess formation Common 208
(“chigger”)

Neoschoengastia Americas Birds Skin Direct contact Irritation Not reported 208
americana

Neotrombicula Americas Birds, humans Skin Direct contact Abscess formation Common 208
autumnalis (“chigger”)

Syringophilus Worldwide Birds Quills of wing and body Direct contact Feather loss Not reported 208
bipectinatus
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TABLE 10.6 Parasites of birds—urogenital system.

Geographic Location Method of Pathologic 
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Cryptosporidium spp. Worldwide Chickens, Ureters Ingestion of Ureteral Not reported 55
other birds sporulated oocyst hyperplasia

Eimeria truncata Unknown Geese Kidney Ingestion of oocyst Nephritis Not reported 1
passed in urine

Trematodes

Plagiorchis arcuatus Europe Chickens Oviduct Presumably by Unknown Not reported 101
ingestion of 
infected insect

Prosthogonimus North America Chickens, Oviduct, Ingestion of second Coelomitis, Not reported 101
macrorchis other birds bursa of intermediate host decreased 

Fabricius (dragonflies) production, 
anorexia

Prosthogonimus Europe Chickens, Oviduct, Ingestion of second Coelomitis, Not reported 101
pellucidus other birds bursa of intermediate host decreased 

Fabricius (dragonflies) production, 
anorexia

Prosthogonimus Africa, Asia, Chickens, Oviduct, Ingestion of second Coelomitis, Not reported 107
ovatus Europe other birds bursa of intermediate host decreased 

Fabricius (dragonflies) production, 
anorexia

Prosthogonimus Europe Chickens, Oviduct, Ingestion of second Coelomitis, Not reported 101
longus-morbificans other birds bursa of intermediate host decreased 

Fabricius (dragonflies) production, 
anorexia
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INTRODUCTION

For most of the 20th century, and continuing into the 21st
century, laboratory rats and mice have been the animals of
choice for much of biomedical research because they serve
as models for the study of numerous human medical condi-
tions and physiological processes. It therefore should come
as no surprise that laboratory animal rodent pathogens,
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including parasites, have been well-studied and character-
ized. Laboratory rats and mice commonly were found to be
affected by a plethora of both internal and external parasites
in the early days of biomedical research1,2.

Tremendous improvements in sanitation, nutrition,
housing systems, environmental control, disease surveil-
lance and treatment, and animal quality have resulted in a
marked reduction in parasite prevalence and incidence. In
addition, laboratory animal veterinarians, technicians, and
researchers have gained greater understanding of the effects
of natural parasitic diseases on research results3. This
knowledge has driven efforts to exclude natural parasitic
diseases from the animal colony. In modern facilities, it is
uncommon to find laboratory rats and mice parasitized
with more than a very narrow spectrum of pathogens4.

Despite tremendous improvements in laboratory ani-
mal science, laboratory rats and mice are sometimes found
to be naturally harboring parasites thought to have disap-
peared. For example, the recent finding of Demodex mus-
culi in immune-deficient transgenic mice5 illustrates the
need to remain vigilant about parasites, even those not
reported for many years. Prior to the report of Hill and col-
leagues, this parasite had not been reported in laboratory
mice for nearly a century6.

Information in this chapter is organized phylogeneti-
cally. It should be appreciated that phylogenetic classifica-
tion schemes vary. While this chapter primarily covers the
parasitic diseases of laboratory rats and mice, the exhaus-
tive coverage of the first edition is retained, serving as a ref-
erence for parasitic diseases of wild-caught rats and mice,
including those of rat and mouse species less frequently
used in research.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Several flagellates are known to occur in rats and mice.
Although most are considered to be nonpathogenic, some
are distinctly pathogenic and others are of unknown path-
ogenicity. All are rare. Natural infection of the hemoflagel-
lates, for instance, requires the presence of suitable
arthropod vectors, which should not be present in well-
managed production or research facilities.

Hemoflagellates
Trypanosoma conorhini Trypanosoma conorhini is a
nonpathogenic flagellate found in wild Norway and black



rats, and in its insect vector, a reduviid bug, Triatoma
rubrofasciata. It is found in Asia and parts of South
America. Natural infection has not been reported in
laboratory animals but could possibly occur in specimens
obtained from their natural habitat or in facilities infested
with the insect vector. The laboratory mouse (Mus
musculus), rat (Rattus norvegicus), Mongolian gerbil
(Meriones unguiculatus), guinea pig (Cavia porcellus), and
rabbit (Oryctolagus cuniculus) have been infected
experimentally7. Asian monkeys have been found infected
with T. conorhini and may be the original hosts of this
parasite. The trypomastigote form is 27 µ to 54 µ long,
including a free flagellum. The body has a long, pointed
posterior end and a prominent undulating membrane. The
kinetoplast is of medium size, lies some distance from the
posterior end, and has a pot-shaped structure anterior to it.
Trypanosoma lewisi Morphology. Trypanosoma lewisi
measures 25 µ to 36 µ in length and has a long, slender
body which tapers to a point at the posterior end. There is
a medium-sized non-terminal kinetoplast, a well-defined
undulating membrane, and a free anterior flagellum
(Figure 11.1)8. Recently, a longer form, measuring 35 µ to
39 µ, has been identified in Rattus norvegicus in India9.

Hosts. Trypanosoma lewisi has been reported in wild
Norway rats (R. norvegicus) and black rats (R. rattus) in
Egypt and Brazil10,11. Laboratory rats may become infected
from wild rats when the flea intermediate host is present in
the animal facility. There is a single report of natural infec-
tion with T. lewisi in Gerbilus pyramidous12. Trypanosoma
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lewisi is not naturally found in mice, due to antibody-
dependent, cell-mediated immunity13. T. lewisi has been
experimentally and only transiently transmitted to labora-
tory mice, Mongolian gerbils, and guinea pigs14.

Life Cycle. The northern rat flea (Nosopsyllus
fusciatus), and possibly the oriental rat flea (Xenopsylla
cheopis), serve as natural arthropod hosts and vectors of T.
lewisi. Fleas are infected while taking a blood meal. The
ingested trypomastigote form penetrates the gastric epithe-
lial cells of the flea and produces long, free transitional
forms by multiple fission. The epithelial cells are destroyed
through several intracellular multiplications, and the tran-
sitional forms pass to the rectum. Here the epimastigote
form develops, attaches to the wall of the rectum, and mul-
tiplies for the life of the flea. About five days after infec-
tion, some epimastigote stages transform into metacyclic
(infectious) trypomastigotes, which cannot reproduce in
the flea. These pass out in the feces. Trypanosoma lewisi is a
stercorarian trypanosome; that is, transmission is via the
contaminated feces of infected arthropod hosts. Rats
become infected by the ingestion of fleas or moist flea
feces, but are not infected by the bite of the flea. The try-
panosomes appear in the rat blood five to seven days after
infection, multiply for about a week, and disappear. The
rat louse Polyplax spinulosa may also serve as a mechanical
vector15.

Pathologic Effects. Trypanosoma lewisi infection is
usually nonpathogenic. A spontaneous arthritis may
develop in naturally infected four- to five-week-old rats16,
and is characterized by erythema and edema of the distal
extremities. The rear paws are most frequently involved
and the tibiotarsal joint most severely affected. Histologi-
cally, joint lesions are characterized by purulent arthritis,
with inflammation of the adjacent subcutaneous and mus-
cular tissues. Exudates from affected joints contain trypo-
mastigotes. Experimental infection has resulted in anemia
when rats were concurrently immunosuppressed with cor-
ticosteroids17.

Disease may also develop in experimentally infected
rats following irradiation, splenectomy, and adrenalec-
tomy. Trypanosoma lewisi may be associated with a wide
range of physiologic changes in the rat host. Many of these
may go unrecognized. Possible physiologic changes
include immunoregulation18, lipopolysaccharide hyperre-
activity19, autoimmune hemolytic anemia with
splenomegaly and glomerulonephritis20, increased suscep-
tibility to other pathogens such as Toxoplasma gondii21 and
Salmonella typhimurium22, decreased total iron binding

Fig. 11.1 Trypanosoma lewisi trypomastigotes in a rat blood smear.
Romanowski stain. 1000�. Reproduced from Baker, D.G. (2005) with
permission.



capacity23, and altered liver enzyme activities24. Immune
mechanisms responsible for eliminating T. lewisi are likely
similar to those responsible for clearing the biologically
similar T. musculi in mice. The interested reader is referred
to that section for a discussion of those mechanisms.

Clinical Disease. Trypanosoma lewisi rarely causes
clinical symptoms, even in heavily infected rats. Those
infected early in gestation may abort25. Lincicome and co-
workers26 showed that infected rats gain up to 31% more
weight than uninfected controls. Parasite-induced
increases in weight gain were more pronounced in younger
rats than in adults. The mechanism underlying this obser-
vation remains unknown, but may involve thiamine pro-
duction27.

Diagnosis. Preliminary diagnosis of infection is by
demonstrating trypanosomes in blood smears. Historically,
inoculation of suspected blood into uninfected young rats
has been used to confirm infection. More recently however,
polymerase chain reaction (PCR) assays have been devel-
oped as an alternative to animal inoculations28.

Treatment. Rats may be cleared of T. lewisi infection
by daily treatment with 54 mg/kg rifampicin for 30 days29.
However, it may be more practical to simply eliminate the
affected animals from the colony.

Prevention. Infection with T. lewisi is unlikely to
occur in a modern animal facility. Infection is prevented by
excluding fleas, lice, and wild rodents. Occasionally, wild
rats may be used in research, and should be treated for
arthropod infestation upon arrival in quarantine.

Public Health Considerations. Human infections
with T. lewisi-like trypanosomes have been reported in a
malnourished child30 and in adults31. In all cases, the
patients recovered spontaneously.
Trypanosoma musculi Morphology. Trypanosoma musculi
(Syn. T. duttoni) is morphologically indistinguishable from
T. lewisi.

Hosts. This usually nonpathogenic species occurs in
wild mice throughout the world27. Laboratory mouse
strains differ in their susceptibility to infection, as well as
in the character of the induced immune response. Mice of
the C3H/He/J, CBA/J, and A/J strains are most suscepti-
ble, while BALB/c, DBA/2, and C57Bl/6 and related
strains, are less susceptible32,33. Likewise, different species
of wild mice differ in susceptibility to infection, while
hybrids are equally susceptible to infection34. Wild strains
of T. musculi may differ in their host effects, when com-
pared to the Partinico II (laboratory) strain35. Trypanosoma
musculi is not usually transmitted to rats.
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Life Cycle. As another stercorarian trypanosome, the
life cycle of T. musculi is similar to that of T. lewisi. Its vec-
tor is the northern rat flea, Nosopsyllus fasciatus.

Pathologic Effects. The development of T. musculi as
a model of human trypanosomiasis has resulted in the
publication of a large volume of information on murine
trypanosomiasis. Trypanosoma musculi is generally consid-
ered nonpathogenic, though distinct histologic changes
are observable during the period of parasitemia. These
include splenic, lymph node, renal glomerula, and hepatic
hyperplasia, as well as transient thymic involution36. These
changes occur because parasites establish primarily in the
liver, and less so in the spleen, lungs, and kidneys, follow-
ing infection37. Anemia may also be present36. Infection
with T. musculi elevates host serum total protein, hepatic
enzymes, creatinine, and gamma globulin38.

Control of the infection is through both non-immuno-
logical (reproduction-inhibiting) and immunological fac-
tors32,37. Both CD4+ T-lymphocytes and B-lymphocytes are
important components of acquired immunity39. Infection
renders mice more sensitive to the systemic effects of
lipopolysaccharide19. Aged mice, and those exposed to stres-
sors, such as malnutrition, cold temperatures, pregnancy, or
concurrent helminth infection, may develop more severe
disease. They may also develop pronounced or prolonged
parasitemia following infection19,39. Likewise, athymic mice
develop chronic infection and elevated parasitemia40. Fol-
lowing recovery from acute infection, T. musculi may reside
in a distinct, latent form in the renal vasculature for the life
of the mouse, thereby serving to maintain immunity
through chronic immune stimulation41.

Clinical Disease. Clinical signs are not observed. Sim-
ilar to infection of rats with T. lewisi, infected mice report-
edly gain more weight than do uninfected controls42,43.

Diagnosis, Treatment, and Prevention. These aspects
are similar to those described for T. lewisi.

Public Health Considerations. There are no reports
of humans being infected with T. musculi.

Enteric flagellates
Several enteric flagellates occur in mice and rats, including
the trichomonads, retortamonads, oxymonads, and
diplomonads. It is likely that many of those with direct life
cycles remain common in laboratory mice and rats44.
However, relatively few studies have documented their
occurrence.

The trichomonads belong to the order Trichomona-
dida, characterized by three to five anterior flagella and a



recurrent flagellum, which is either free or associated
with a cell body, forming an undulating membrane45. Tri-
trichomonas has three anterior flagella and no pelta (a
crescent-shaped, silver-stained structure anterior to the
axostyle). The other genera all have a pelta. Trichomitus has
three, Trichomonas and Tetratrichomonas have four, and
Pentatrichomonas has five anterior flagella. Other genera of
importance include Trichomitus and Hexamastix.

The retortamonads belong to the order Retortamona-
dida. These are small flagellates with two to four flagella,
one of which is turned backward and associated with a
cytostome. Trophozoite and cyst stages are known. Genera
of interest include Retortamonas and Chilomastix.

The oxymonads belong to the order Oxymonadida.
The principal genus of interest in laboratory rats and mice
is Monocercomonoides. Members of this genus are small,
oval to pyriform flagellates with two pairs of flagella, an
anterior nucleus, and a slender axostyle.

The diplomonads belong to the order Diplomona-
dida. They are small, unicellular, bilaterally symmetrical
flagellates. They have four flagella associated with each of
two anteriorally located nuclei. One flagellum on each side
is directed backward and in some cases is associated with a
ventral cytostome. Genera of importance include Giardia,
Octomitus, and Spironucleus.
Chilomastix bettencourti Morphology. Trophozoites of
this typically nonpathogenic flagellate measure 8.3 µ to
20.9 µ (mean 13.3 µ) by 6.6 µ to 8.4 µ (mean 7.4 µ). They
are pyriform, with an anterior nucleus; a large cytostomal
groove near the anterior end; three anterior flagella; a
fourth, short flagellum which undulates within the
cytostomal groove; and a cytoplasmic fibril along the
anterior end and sides of the cytostomal groove (Figure
11.2)46. The cysts are usually lemon-shaped and contain
one nucleus and the organelles of the trophozoite47.

Hosts. Chilomastix bettencourti occurs in the cecum of
the mouse, Norway rat, black rat, and hamster (Mesocricetus
auratus)27. It is structurally identical to C. mesnili of pri-
mates. Its prevalence in laboratory rats and mice is unknown.
It is probably common in conventional colonies44,48.

Life Cycle. Like other trichomonads, C. bettencourti
has a direct life cycle. Infection occurs following ingestion
of infective cysts passed in the feces.

Pathologic Effects and Clinical Disease. Chilomastix
bettencourti is considered nonpathogenic. Infection has
not been reported to be associated with clinical disease.

Diagnosis. Infection with trichomonads is confirmed
following identification of motile trophozoites in direct
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wet mounts. Species differentiation requires collection of
fecal samples into special fixatives, followed by staining of
fixed smears. The type of fixative influences the quality of
diagnostic preparation, with a mixture of ethanol,
methanol, isopropanol, and formaldehyde or polyvinyl
alcohol, producing the least parasite distortion49. Fixed
slides may be stained with trichrome stain. Staining of pre-
pared slides with Calcofluor white M2R has proven suit-
able for detecting the cysts of C. mesnili50, and may also be
suitable for detecting C. bettencourti.

Treatment and Prevention. Because C. bettencourti is
not considered pathogenic, treatment is not generally
attempted.

Public Health Considerations. Chilomastix betten-
courti is not considered a human health hazard.
Giardia muris Morphology. Giardia muris (Syn. Lamblia
intestinalis, Megastoma entericum) is a member of the order
Diplomonadida and family Hexamitidae. Trophozoites are
pyriform with a broadly rounded anterior end, a ventral
adhesive disc, eight flagella emerging at different locations,
two slender axostyles, and a pair of darkly staining median
bodies. The latter are small and rounded, and are
characteristic of the genus. Trophozoites measure 7 µ to 13
µ long by 5 µ to 10 µ wide51 (Figure 11.3).

Hosts. Giardia muris has been found in the anterior
small intestine of the mouse, rat, hamster, and other wild

Fig. 11.2 Chilomastix bettencourti. (Left) Cyst. (Right) Trophozoite.
Reproduced from Wenrich, D.H. (1930) with permission.



rodents52,53,54. Historically, G. muris was common in
laboratory rodent colonies55. The current prevalence is
unknown but presumed to be low. Inbred mouse strains
differ in their susceptibility and response to infection. For
example, experimentally infected A/J, C3H/He, and
C3H/HeJ mice have a shorter prepatent period and
become chronically infected compared to BALB/c or
DBA/2 mice, which rapidly eliminate their infections56,57.
Immune-deficient mice are naturally more prone to pro-
longed infections than are immune-competent mice57.

Life Cycle. The life cycle of G. muris is direct. Tropho-
zoites attach to enterocytes by the ventral sucking disc, and
feed through absorbing nutrients. Reproduction is by lon-
gitudinal binary fission, which may rapidly increase
trophozoite numbers58. As trophozoites pass down the
intestinal tract, they go through a process of encystation to
become environmentally resistant cysts. These represent
the typical infective stage, although trophozoites may also
survive ingestion to establish infection in a susceptible
host59. Binary fission may also occur within the cyst stage,
resulting in two daughter trophozoites which are released
following ingestion by a suitable host. While some authors
have reported no gender effect on cyst excretion in experi-
mentally infected mice60, others have reported that cyst
excretion is greater in males61.

Pathologic Effects. Infection with G. muris is gener-
ally considered nonpathogenic. Architectural changes,
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however, are observed in chronic infections including
increased numbers of intraepithelial lymphocytes, an
increased rate of villus cell turnover, a reduction in villus
height, and chronic enteritis62. There is also a pronounced
deficiency in intestinal disaccharidases that corresponds to
the time of maximum trophozoite numbers63. Over-
whelming infection may result in enteric vascular compro-
mise and systemic dissemination of trophozoites64.

Clinical Disease. Experimental infection of weanling
mice with G. muris results in decreased food intake and
retarded growth65.

Diagnosis. Diagnosis is made by identifying tropho-
zoites or cysts in fecal wet mounts. A small amount of
iodine may be added to stain internal structures such as the
axostyle and median body. Trichrome staining of polyvinyl
alcohol-fixed intestinal or fecal contents facilitates diagno-
sis. Fecal cyst excretion is not a reliable indicator of intes-
tinal parasite burden66.

Treatment. There are no effective antiprotozoal treat-
ments for eliminating G. muris. Metronidazole eliminated
the infection in 58.3% of naturally infected mice in one
study, and was more efficacious than tinidazole, secnida-
zole, and furazolidone67.

Prevention. Most reputable commercial producers of
laboratory rodents have currently eliminated G. muris
from their animal colonies. Therefore, animals should only
be purchased from such sources. Rigid sanitation is an
important component of prevention. Cysts of G. muris are
inactivated by ultraviolet light68 and chlorine-based disin-
fectants69.

Public Health Considerations. G. muris is not con-
sidered a public health concern.
Giardia simoni Giardia simoni occurs in the anterior
small intestine of the rat, hamster, and various wild rodents
throughout the world. It does not infect Mus musculus.
The trophozoites are of the G. duodenalis-type and
measure 11 µ to 19 µ long by 5 µ to 11 µ wide, with a
“claw-shaped” median body typical of the morphologic
type51 (Figure 11.4). While considerably less is known of
the host-parasite relationship of this flagellate, versus G.
muris, it is probably similar to that of G. muris.
Hexamastix muris Hexamastix muris (Syn. Octomitus
muris, Syndyomita muris) is a trichomonad belonging to the
order Trichomonadida and family Monocercomonadidae.
The monocercomonads differ from other members of the
order in that they lack an undulating membrane and a
costa. Hexamastix muris has an anterior nucleus and
cytostome, a conspicuous axostyle, a prominent parabasal

Fig. 11.3 Giardia muris trophozoite. Reproduced from Lavier, G.
(1924) with permission.



body, five anterior flagella, and a trailing flagellum.
Trophozoites measure 5 µ to 12 µ long. It occurs in the
cecum of the rat, hamster, and other rodents throughout
the world. Its prevalence is unknown but the organism is
likely common. While considered nonpathogenic,
infection with H. muris has been shown to increase
intraepithelial lymphocyte numbers and increase villus cell
production rates in rats62.
Monocercomonoides sp. Monocercomonoides sp. belongs
to the order Oxymonadida. Members of the genus lack a
cytostome, but possess an anterior nucleus, two pairs of
anterior flagella, a pelta, an axostyle which is usually
filamentous, and one to four strand-like funises. The funis
is a costa-like structure which extends backward just
beneath the body surface. Trophozoites measure 5 µ to 15 µ
long. Monocercomonoides sp. has been reported in the
cecum of the rat and hamster in North America70. Its
prevalence is unknown. Monocercomonoides sp. is consid-
ered nonpathogenic.
Octomitus pulcher Octomitus pulcher (Syn. O.
intestinalis, Hexamita pulcher) is a member of the order
Diplomonadida and family Hexamitidae. It occurs in the
cecum of the mouse, rat, hamster, ground squirrel, and
other wild rodents throughout the world27. Trophozoites
are 6 µ to 10 µ long and 3 µ to 7 µ wide (Figure 11.5).
Trophozoites are bilaterally symmetrical with a pyriform
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body, two anterior nuclei, six anterior flagella, and two
posterior flagella45. There are two axostyles which originate
at the anterior end; these come together and fuse as they
pass posteriorly, emerging from the body as a single central
rod. In one study, O. pulcher was identified in 7.8% of
laboratory mice44. Octomitus pulcher is not known to be
pathogenic.
Pentatrichomonas hominis This nonpathogenic flagellate
occurs in the cecum and colon of mice, rats, hamsters, dogs,
cats, cattle, and primates, including humans71. Trophozoites
measure 7 µ to 12 µ long and have five anterior flagella, an
undulating membrane, and an axostyle that is more slender
than that of T. muris72. The prevalence of P. hominis in
laboratory colonies is unknown.
Retortamonas sp. Retortamonas sp. belongs to the order
Retortamonadida and family Retortamonadidae.
Members of the order produce true cysts, which represent
the infective stage. The cysts are pyriform or ovoid.
Trophozoites are pyriform or fusiform and are drawn out
posteriorly, with an anterior nucleus; a large anterior
cytostome; an anterior flagellum; a posteriorly directed
trailing flagellum which emerges from the cytostomal
groove; and a cytostomal fibril around the anterior end
and sides of the cytostome (Figure 11.6). Retortamonas sp.
are considered non-pathogenic and have been reported in

Fig. 11.4 Giardia simoni trophozoite. Reproduced from Lavier, G.
(1924) with permission.

Fig. 11.5 Octomitus pulcher trophozoite. Reproduced from Wenrich,
D.H. (1930) with permission.



the cecum of wild Norway rats in the eastern United
States73. The prevalence in laboratory colonies is
unknown.
Spironucleus muris Morphology. Spironucleus muris
(formerly Hexamita muris) belongs to the order
Diplomonadida and family Hexamitidae. Trophozoites are
pyriform and rotationally symmetrical. There are two sets
of anterior flagella, one set on each side of the trophozoite.
For each set, three flagella are free, while a fourth passes
through the body to emerge as a trailing posterior
flagellum. There are also two separate axostyles74.
Trophozoites measure 7 µ to 9 µ long and 2 µ to 3 µ wide
(Figure 11.7). Cysts are ellipsoid and measure 7.5 µ to 13 µ
by 4.5 µ to 6 µ75. Two nuclei can be observed in fresh cysts
containing one organism. In those cysts where fission has
occurred, four nuclei are visible within two daughter
trophozoites (Figure 11.8).

Hosts. Spironucleus muris infects the mouse, rat, ham-
ster, and various wild rodents throughout the world77.
Host-specific strains have been identified78. Historically, S.
muris was commonly found in laboratory colonies of rats
and mice55. Current prevalence is unknown but probably
still high. Inbred mouse strains differing in major histo-
compatibility type also differ in magnitude and course of
infection. For example, 129/J mice experimentally
infected with S. muris shed significantly fewer cysts than
BALB/c, ByJ, C3H/HeJ, and DBA/1J mice76.
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Life Cycle. The life cycle is direct. Following ingestion
of infectious cysts, excystation occurs, releasing tropho-
zoites which colonize the crypts of Lieberkuhn, primarily
in the posterior small intestine and cecum. Multiplication
of trophozoites is by longitudinal binary fission. Infectious
cysts are passed in the feces. The minimum infective dose
for a mouse is one cyst79. Cysts lose infectivity as contami-
nated feces desiccate74.

Pathologic Effects. Immune-deficient animals, such
as athymic (nu/nu) or irradiated rats and mice, develop
severe chronic enteritis and weight loss following infection
with S. muris. The intestinal mucosa is reddened, and the
lumen filled with fluid and gas. Intestinal crypts are hyper-
plastic and may be distended with trophozoites. Microvilli
and villi may be shortened, and enterocyte turnover is
increased80. There is an increased number of intraepithelial
lymphocytes from three weeks onward corresponding to
the start of elimination of the infection81 (Figure 11.9).
Infection with S. muris may alter immune reactivity in
mice82 but not in rats83.

Clinical Disease. Infection with S. muris is usually
asymptomatic in immune-competent mice and rats.
Weanling and immune-compromised hosts may develop
acute diarrhea, weight loss, rough hair coat, lethargy,
abdominal distension, and hunched posture, and they may

Fig. 11.6 Retortamonas sp. trophozoite. Courtesy of N.D. Levine,
University of Illinois.

Fig. 11.7 Spironucleus muris trophozoite. Reproduced from Wenrich,
D.H. (1930) with permission.



occasionally die81. Older animals may develop more
chronic disease, characterized by weight loss and listless-
ness; diarrhea is uncommon and death is rare.

Diagnosis. Infection is diagnosed by histologic exam-
ination of intestinal sections stained with periodic acid-
Schiff or silver stains, or by light microscopic examination
of intestinal content or fecal wet mounts. Phase-contrast
microscopy facilitates examination of wet mounts by
allowing one to distinguish cysts of S. muris from yeasts.

Treatment. There is no entirely effective treatment for
eliminating S. muris infection, though some have reported
cessation of clinical signs following administration of
dimetridazole (3 g/5L drinking water for 14 days) or
metronidazole at various dosages81,84. Because the flagel-
late is generally considered nonpathogenic, eradication is
rarely considered necessary.

Prevention. It is difficult to find mice or rats free of S.
muris. If S. muris-free rodents are needed, breeders should
be asked to specifically test for the organism. Upon arrival,
S. muris-free rats and mice should be isolated from
infected animals.

Public Health Considerations. Spironucleus muris is
not considered a public health concern.
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Tetratrichomonas microti This nonpathogenic flagellate
(Syn. Trichomonas microti) occurs in the cecum of the
mouse, rat, hamster, vole, and other rodents in North
America, and has been experimentally transmitted from the
hamster to the rat70. Trophozoites are 4 µ to 9 µ long and
have four free anterior flagella and an undulating membrane
about the length of the cell body85. Little is known of the
biology or pathogenesis of T. microti (Figure 11.10)
Trichomitus wenyoni Trichomitus wenyoni (formerly
Trichomonas wenyoni) is a parasite in the subfamily
Trichomonadinae. Trophozoites measure 4 µ to 16 µ by
2.5 µ to 6 µ and have three anterior flagella and a recurrent
flagellum adhering to the undulating membrane, which
runs the length of the cell body86 (Figure 11.10). It has
been found in the Norway rat, house mouse, and hamster.
It also occurs in the rhesus monkey and baboon. Little is
known of its biology. Its prevalence in rodent colonies is
unknown.
Tritrichomonas minuta Tritrichomonas minuta belongs to
the family Trichomonadidae, subfamily Tritrichomonadinae.
It occurs in the cecum and colon of the mouse, rat, and
hamster27. Relatively little is known of the biology and
pathogenesis of T. minuta. It is assumed to be similar to T.

Fig. 11.8 Cysts of Spironucleus muris from a preserved mouse fecal smear. Both cysts have undergone internal division. (A) Two nuclei are in focus
and a third is in partial focus. (B) All four nuclei are seen. Bar = 5µ. Trichrome stain, 3400 �. Reproduced from Baker, D.G., Malineni, S., and Tay-
lor, H.W. (1998) with permission.



Fig. 11.9 Spironucleosis in the duodenum of a mouse. (A) Acute infection. Note cellular infiltration and organisms in crypts. (B) Higher magnifica-
tion of organisms in crypt. (C) Chronic infection. Note pseudocyst in intestinal wall. (D) Higher magnification of portion of pseudocyst. Courtesy of
A. Meshorer, Weizmann Institute of Science.
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muris, and is differentiated from that parasite by its much
smaller size. Trophozoites measure only 4 µ to 9 µ long by 2 µ
to 5 µ wide73 (Figure 11.10). Its prevalence in conventional
rodent colonies is unknown.
Tritrichomonas muris Morphology. Tritrichomonas
muris belongs to the family Trichomonadidae, subfamily
Tritrichomonadinae. Trophozoites measure 16 µ to 26 µ
by 10 µ to 14 µ27 (Figure 11.10). It has an anterior
vesicular nucleus. Anterior to this is a blepharoplast from
which arise the three anterior flagella, a posterior
flagellum, a fibrillar costa, a stiff rod-like axostyle, and a
parabasal body and filament45.
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Hosts. This non-pathogenic flagellate is common in
the cecum, colon, and small intestine of wild and labora-
tory mice, rats, golden and Armenian hamsters, Mongo-
lian gerbils, and other rodents44,48,87,88. Cross infection
between the mouse, rat, and hamster has been accom-
plished experimentally70,89. Because T. muris is not consid-
ered a pathogen, few laboratories test for it, and it is
typically not reported in surveys of laboratory rat and
mouse pathogens4. Therefore, though previously
common55, the current prevalence of infection of labora-
tory rats and mice with T. muris is unknown.

Life Cycle. Historically, it has been asserted that no
cysts are formed, and transmission is by ingestion of
trophozoites passed in the feces. More recently, “pseudo-
cyst” and intermediate forms were identified in fecal
smears from golden and Armenian hamsters89. There is
incomplete agreement concerning existence of a true cyst
form90. The pseudocyst was determined to represent the
infective stage. Pseudocysts had internalization of the three
anterior flagella and the undulating membrane with its
recurrent flagellum87. The minimal infectious dose of
pseudocysts for athymic mice was determined to be 5, with
a prepatent period of 10 days79. Reproduction is by simple
binary fission91.

Pathologic Effects and Clinical Disease. Tri-
trichomonas muris is considered nonpathogenic. No clini-
cal signs have been associated with infection.

Diagnosis. Trichomonad infections are diagnosed by
examination of fresh fecal wet smears of large intestinal con-
tents. Motile trophozoites are readily identified, and often
occur in large numbers. Definitive diagnosis to the species
level is by trichrome staining of fixed smears or by electron
microscopy and examination of morphologic features45.

Treatment. Because T. muris is considered nonpatho-
genic, treatment is usually not attempted. However, there
may be cases in which it is deemed desirable to eliminate
the parasite from the colony. Roach and co-workers88

reported the successful elimination of T. muris from a
mouse colony by using a 1% sucrose solution containing
2.5 mg/ml metronidazole or tinidazole in the drinking
water. Removal of neonatal mice from infected to unin-
fected dams, similar to the procedure described to elimi-
nate Helicobacter hepaticus92, effectively eliminates T. muris
from rats (D. Baker, unpublished observation). Caesarean-
section, followed by fostering pups onto uninfected dams
(rederivation), is also useful for eliminating the parasite
from the colony. It is likely that embryo transfer would
likewise be effective.

Fig. 11.10 Trichomonad trophozoites infecting rats and mice. (A)
Tritrichomonas muris. (B) Tetratrichomonas microti. (C) Trichomitus
wenyoni. (D)Tritrichomonas minuta. Reproduced from Wenrich, D.H.
(1930) and Wenrich, D.H. and Saxe, L.H. (1950) with permission.



Prevention. Laboratory animal veterinarians, in con-
sultation with investigators, should determine whether it is
desired to exclude T. muris from the animal facility. If it is
determined that T. muris should be excluded, animals
should be purchased only from sources certifying them
free of this parasite, or rederived upon arrival.

Public Health Considerations. Tritrichomonas muris
is not a public health concern.

Class Sarcodina (amoebae)

Endolimax ratti
Endolimax ratti may be synonymous with E. nana, a
morphologically identical amoeba known to inhabit the
cecum and colon of a wide range of vertebrate host species,
including humans and other primates27. Endolimax ratti is
considered nonpathogenic in rats. Trophozoites measure 6 µ
to 15 µ in diameter. Cysts are oval and measure 5 µ to 14 µ
long and contain up to four nuclei when mature. The
current prevalence of E. ratti in laboratory rats is unknown.

Entamoeba muris
This nonpathogenic species is common in the cecum—
and less commonly, is found in the colon—of wild mice
and rats93. Even up to recent times, E. muris was also com-
mon in laboratory colonies48. The current prevalence in
laboratory rodents is unknown. Trophozoites measure 25 µ
to 30 µ in diameter, while cysts measure 9 µ to 23 µ
in diameter and contain eight nuclei when mature94,95

(Figure 11.11). Transmission is by the fecal-oral route.

Phylum Apicomplexa

Class Coccidia

The coccidia belong to the order Eucoccidiorida, in which
there are several families of rodent parasites. Those found
in laboratory mice and rats are generally considered non-
pathogenic and rare. Very little information is available
concerning current prevalence rates of these parasites.

Cryptosporidium muris
Morphology. Cryptosporidium sp. belongs to the family
Cryptosporidiidae. Mice may be infected by two species of
Cryptosporidium: C. muris and C. parvum. Oocysts of C.
muris measure 5.3 µ by 7.9 µ96. No sporocyst of either C.
muris or C. parvum has been identified. Instead, the sporu-
lated oocyst contains four naked sporozoites.

Hosts. Cryptosporidium muris or C. muris-like coc-
cidia have been reported from a wide range of mammalian
hosts. Recent morphologic and phylogenetic analyses have
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demonstrated that C. muris is not a uniform species, and
that the isolates primarily infecting rodents probably con-
stitute a different species from that infecting cattle and
other large mammals97,98. Cryptosporidium muris has been
found in wild mice and rats throughout the world99,100.
Reports from laboratory colonies are rare96.

Life Cycle. Infection occurs through ingestion of
oocysts in contaminated feed and water. Sporozoites are
released in the stomach and infect the glandular gastric
epithelium. Like other members of the genus, C. muris is
an intracellular, extracytoplasmic parasite. The parasite
inhabits a parasitophorous vacuole just under the host cell
membrane. Cryptosporidium muris undergoes multiple
rounds of schizogony before undergoing sexual reproduc-
tion and final production of oocysts. The oocysts sporulate
and become infective prior to passing out in the host feces.
Some of these oocysts are thin-walled and rupture in situ,
resulting in repeated autoinfection which intensifies the
infection. The prepatent period is about 10 days.

Pathologic Effects. Gastric glands of naturally
infected mice become filled with numerous free or embed-
ded parasites. The glands contain degenerated and atro-
phied epithelial cells, but there is no evidence of
inflammation96. Other investigators have reported that
infected mice develop gastric mastocytosis, which peaks on
days 20 to 30 post-inoculation101. Experimentally infected
nude mice develop dilated, hypertrophied gastric glands
which are filled with numerous parasites102. Resistance to
disease caused by C. muris is age-related, and develops
quickly after weaning. Susceptibility has also been linked
to differences in major histocompatibility complex genes.
These differences are correlated with differences in pat-
terns of interleukin-4 secretion103.

Clinical Disease. Clinical signs typically are not
observed in healthy, conventional mice and rats104.

Fig. 11.11 Entamoeba muris. (Left) Trophozoite. (Right) Cyst.
Reproduced from Hoare, C.A. (1959) with permission.



Diagnosis, Treatment, and Prevention. Infection
may be diagnosed by direct observation of oocysts in fecal
flotation preparations or through the use of commercial
tests based on the indirect fluorescent antibody test. There
is currently no effective treatment for cryptosporidiosis in
mice. Infected colonies should be rederived or eliminated.
Mice and rats should be purchased from reputable sources
and wild rodents excluded from the facility.

Public Health Considerations. Cryptosporidium
muris is not known to infect humans.

Cryptosporidium parvum
Morphology. Oocysts of C. parvum are smaller than those
of C. muris, are ovoid to spherical, and measure 4 µ to 5 µ
by 3 µ (Figure 11.12).

Hosts. Cryptosporidium parvum infects most if not all
mammalian species, including rodents and humans105.
Neonatal and immunodeficient hosts are far more suscep-
tible to infection and disease than are immunologically
competent hosts106.

Life Cycle. The life cycle of C. parvum is similar to
that of C. muris. However, while C. muris infects the gas-
tric glands, C. parvum infects the microvillous region of
the small intestine, principally the ileum.

Pathologic Effects. Immunocompetent adult rodents
develop patent infections but these are mild and the ani-
mals suffer few ill effects from infection, and then recover
quickly105.

Clinical Disease. Immunocompetent hosts show no
clinical signs of infection. In contrast, in experimentally
infected neonatal, severe combined immunodeficient
(SCID), and other immunodeficient or immunosuppressed
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mice or rats, a severe and eventually fatal chronic infection
occurs, characterized by diarrhea, dehydration, and depres-
sion, with infection in the ileum, cecum, and colon107.

Diagnosis. Infection may be diagnosed by direct
observation of oocysts in fecal flotation preparations, acid-
fast staining of oocysts in fecal smears, or commercial tests
based on the indirect fluorescent antibody test.

Treatment and Prevention. Currently there are no
effective treatments for cryptosporidial infection. Mice
and rats should be purchased from reputable sources, and
wild rodents excluded from the facility. Potentially
infected, immunocompromised people should not handle
laboratory mice or rats.

Public Health Considerations. Cryptosporidium
parvum is a zoonosis, and can cause severe disease in
immunocompromised people. All personnel working with
rodents shedding this parasite should use personal protective
equipment and adhere to rigid standard operating procedures
for hygiene and personal protection. People who are known
to have or are suspected of having an immunodeficiency
should not work with rodents infected with C. parvum.

Eimeria falciformis
Morphology. The oocyst is oval or spherical, with a
smooth, colorless wall108,109 (Figure 11.13). It measures 14
µ to 26 µ by 11 µ to 24 µ. Oocyst size increases midway
through the patent period110.

Hosts. Eimeria falciformis occurs primarily within
epithelial cell crypts of the large intestine of the mouse111.
It is rare in laboratory colonies. In contrast, E. falciformis
undergoes schizogony in experimentally infected labora-
tory rats but does not complete its life cycle112.

Life Cycle. The life cycle is similar to that of E.
nieschulzi. The prepatent period is four to seven days and
the patent period is three to four days113.

Pathologic Effects. Among immune competent strains
of mice, C3H/He and CBA/H are highly susceptible;
C57BL/10 mice are moderately so; and BALB/c mice are
relatively resistant to infection than older mice114. All strains
are highly resistant to challenge infection115. Nude mice are
highly susceptible to increased oocyst shedding and mortal-
ity, and lack resistance to re-infection115. Infection of mice
with large numbers of E. falciformis has been associated with
catarrhal enteritis, hemorrhages, and epithelial sloughing.
Mortality is higher in younger mice114. Infection confers
resistance to challenge116,117. Infection with E. falciformis
may non-specifically augment cellular immunity and
thereby alter other host-pathogen relationships118,119.

Fig. 11.12 Cryptosporidium parvum in mouse ileum. Courtesy of Dr.
C. Sterling, University of Arizona.



Clinical Disease. Mild infections are asymptomatic.
Heavy infections may result in anorexia, diarrhea, and
occasionally, death. Severity of clinical signs is a function
of the size of the inoculum and is linked to the major his-
tocompatibility complex, and therefore differs among
mouse strains114.
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Diagnosis, Treatment, and Prevention. Diagnosis is
based on identification of oocysts in the feces. Treatment
recommendations are lacking. Infected colonies should be
rederived or eliminated. Control is based on exclusion of
wild mice, sound quarantine and sanitation procedures, and
purchase of parasite-free animals from reputable sources.

Fig. 11.13 Eimeria of the mouse (sporulated oocysts). (A) E. falciformis. (B) E. ferrisi. (C) E. hansonorum. (D) E. hindlei. (E) E. keilini. (F) E.
krijgsmanni. (G) E. musculi. (H) E. schueffneri. (A), (B), (C) reproduced from Levine, N.D. and Ivens, V. (1965) with permission; (D), (E), (F), (G), (H)
reproduced from Yakimoff, W.L. and Gousseff, W.F. (1938) with permission.



Public Health Considerations. Eimeria falciformis is
not a public health concern.

Eimeria miyairii
This coccidium occurs in the small intestine of the wild
Norway rat, and possibly the black rat, throughout the
world. It is not uncommon77. There are no recent reports
of its occurrence in laboratory colonies. The oocyst is
spherical to semispherical, with a thick, rough, yellow-
brown, radially striated wall120,121 (Figure 11.14). It mea-
sures 17 µ to 29 µ by 16 µ to 26 µ (mean 24 µ by 22 µ)122.
Nothing is known of its pathogenicity in rats.

Eimeria nieschulzi
Morphology. Eimeria nieschulzi (Syn. Eimeria halli) is
another coccidian parasite in the family Eimeriidae. The
oocyst of E. nieschulzi is ellipsoidal to ovoid, is tapered at
both ends, and has a smooth, colorless-to-yellow wall (Fig-
ure 11.14). Oocysts measure 16 µ to 26 µ by 13 µ to 21 µ.
Sporocysts are elongate ovoid. Sporozoites are 10 µ to 12 µ
long and contain a central nucleus122.

Hosts. Eimeria nieschulzi is common in wild Norway
and black rats77, but is uncommon in laboratory colonies.
Mice are not susceptible to infection with E. nieschulzi123.

Life Cycle. Oocysts containing a single cell, or
sporont, are passed in the feces. In the presence of oxygen,
sporulation occurs after about three days. Four sporocysts
are formed, each containing two sporozoites. The rat is
infected by ingestion of sporulated oocysts. Sporozoites
escape from the oocysts and enter the intestinal epithelium
to undergo four generations of schizogony, during which
schizonts form. Each of these contains several merozoites.
Fourth-generation merozoites enter epithelial cells and
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form microgametocytes and macrogametes. The microga-
metocytes produce a large number of flagellated microga-
metes by multiple fission. The macrogametes enlarge and,
after fertilization by a microgamete, form a wall and
become oocysts124 (Figure 11.15). These oocysts enter the
intestinal lumen from the epithelial cells and pass out in
the feces. The prepatent period is seven days122.

Pathologic Effects. The pathogenesis of E. nieschulzi
is similar to that described for other coccidial infections,
and consists primarily of damage and atrophy to the intes-
tinal villi, decreased intestinal disaccharidase activities125,
and alterations in transport of nutrients across the intes-
tinal wall126. Infection induces accumulation of mucosal
mast cells and release of rat mucosal mast cell protease in
immune-competent rats, but not in immune-deficient
rats127. Infection with E. nieschulzi may also elevate circu-
lating neutrophil counts128 and may interfere with
immunologic responses induced by other pathogens129,130.

Clinical Disease. Reports of naturally acquired dis-
ease caused by E. nieschulzi are rare. Natural clinical disease
has been reported in young rats. In one report, rats devel-
oped severe diarrhea, weakness, emaciation, and occasion-
ally, death131. Similar, though somewhat less severe, signs
have been reported following experimental infection132.
Typical of coccidial infections, the severity of the disease
depends on the size of the infecting dose of oocysts and the
immune status and exposure history of the host. Animals
which recover are relatively immune to challenge due to
high levels of IgG and IgA antibodies132.

Diagnosis. Tentative diagnosis is based on the presence
of oocysts in the feces, but accurate identification is some-
times difficult and may require careful examination of oocysts

Fig. 11.14 Eimeria of the rat (sporulated oocysts). (A) E. nieschulzi. (B) E. separata. (C) E. miyairii. (A) and (B) reproduced from Becker, E.R.,
Hall, P.R., Hager, A. (1932) with permission; (C) reproduced from Matubayasi, H. (1938) with permission.



and schizonts for distinct morphologic features133. Oocysts
may be shed in the absence of disease. A diagnosis of clinical
disease can be made only at necropsy by finding lesions con-
taining coccidia in association with signs of disease.

Treatment. Infection with E. nieschulzi is self-limiting
both in the individual and the colony. There are several
coccidiostatic drugs, but none have been specifically effica-
cious against E. nieschulzi in the rat. Rederivation through
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caesarean section or embryo transfer eliminates the infec-
tion. Ideally, infected colonies should be culled.

Prevention. Prevention depends on exclusion of wild
rats, purchase of rats only from reputable sources, effective
quarantine and testing, and strict attention to facility
sanitation.

Public Health Considerations. Eimeria nieschulzi is
not transmissible to humans.

Fig. 11.15 Life cycle of Eimeria nieschulzi. (1) Sporozoite. (2) Sporozoite after entering host intestinal cell. (3) First-generation schizont in host cell
(merozoites shown in cross section; note refractile globule). (4) First-generation merozoites in host cell. (5) First-generation merozoite. (6) Second-
generation schizont in host cell. (7) Second-generation merozoites in host cell. (8) Second-generation merozoite. (9) Third-generation schizont in
host cell. (10) Third-generation merozoites in host cell. (11) Third-generation merozoite. (12) Fourth-generation schizont in host cell. (13) Fourth-
generation merozoites in host cell. (14) Fourth-generation merozoite. (15) Young microgametocyte in host cell. (16) Older microgametocyte in host
cell. (17) Mature microgametocyte in host cell (surface view). (18) Microgamete. (19) Young macrogamete in host cell. (20) Developing macroga-
mete in host cell (note plastic granules inside macrogamete). (21) Young oocyst (zygote) in host cell. (22) Unsporulated oocyst in feces. (23) Sporu-
lated oocyst in feces. Reproduced from Levine, N.D. (1957) with permission.



Eimeria pragensis
Eimeria pragensis is quite similar to E. falciformis and was
for many years considered a subspecies of E. falciformis134.
Oocysts measure 21.2 µ by 18.3 µ135. Mice are the only
known hosts of E. pragensis. It is uncommon in wild
mice77. The prevalence in laboratory colonies is unknown.
Patency occurs on day seven to day eight and the patent
period is four to 16 days113. Heavy infection may result in
pathologic changes that sequentially include large intes-
tinal cryptal and absorptive epithelial cell destruction, sub-
mucosal edema, neutrophil infiltration, mucosal necrosis,
crypt hyperplasia, and finally, granulomatous colitis. Infec-
tion is followed by lymphoid hyperplasia in the lymph
nodes and spleen. Clinical signs are evident in heavy infec-
tion, and may include depression, anorexia, weight
loss, diarrhea or dysentery, dehydration, and death136.
Immune-deficient mice are unable to clear the
infection137.

Eimeria separata
Morphology. The oocyst of E. separata is ellipsoidal with a
smooth, colorless, or pale yellow wall (Figure 11.14). The
oocysts of a small number of coccidia are known to
increase in size during specific portions of the patent
period. Early in the patent period, oocysts of E. separata
measure 9.9 µ to 14.3 µ by 8.8 µ to 12.1 µ (mean = 11.7 µ
by 10.1 µ). Oocyst size increases late in the patent period,
reaching maximum dimensions of 14.3 µ to 17.6 µ by
13.2 µ to 15.4 µ (mean = 16.3 µ by 14.2 µ)138.

Hosts. Eimeria separata is common in the cecum and
colon of wild rats throughout the world77. It is likely rare
in laboratory colonies, but current prevalence data is lack-
ing. Experimental transmission of E. separata to certain
strains of M. musculus has been reported135,139, but E. sepa-
rata does not naturally infect mice.

Life Cycle. The life cycle is similar to that of E.
nieschulzi122.

Pathologic Effects. Infection of rats with even large
numbers of sporulated oocysts is not considered patho-
genic140. Infection induces early accumulation of intraep-
ithelial lymphocytes and strong immunity141, increases
cecum and colon weights132, and results in alterations in
intestinal ion transport142 and in local elevations in inflam-
matory cytokines143. Other host-parasite interactions are
also altered144.

Clinical Disease. Clinical signs, other than poor
weight gain, are generally not observed in rats infected
with even large numbers of E. separata139.
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Diagnosis, Treatment, and Prevention. Diagnosis is
based on finding characteristic oocysts in the feces. Treat-
ment recommendations are as described for E. nieschulzi.
Infected colonies should be rederived or culled. Prevention
of infection is based on exclusion of wild rats from the
research colony, adequate quarantine and testing, and pur-
chase of parasite-free rats from reputable sources.

Public Health Considerations. Eimeria separata is not
considered a public health concern.

Eimeria spp.
Several other species of Eimeria infect the mouse (Figure
11.13). These include E. arasinaensis, E. ferrisi, E. hansono-
rum, E. hindlei, E. keilini, E. krijgsmanni, E. musculi, E.
musculoidei, E. paragachaica, E. papillata, E. schueffneri,
and E. vermiformis. Like E. separata, E. contorta normally
infects rats, but will also complete its life cycle in
mice135,145. Very little is known concerning the prevalence,
pathogenicity, clinical signs, or control of these species. All
are rare or not reported in laboratory mice.

Frenkelia spp.
Morphology. Frenkelia spp. are coccidian parasites in the
family Sarcocystidae and are biologically similar to Sarco-
cystis spp.160 Tissue cysts of Frenkelia sp. were first reported
in the brain of laboratory-reared Fischer 344 rats161. The
cysts are thin-walled and multilobulated, with many com-
partments outlined by fine interlacing septae. Each com-
partment contains numerous crescent-shaped, periodic
acid-Shiff (PAS)-positive bradyzoites (Figure 11.16)162.

Hosts. Frenkelia spp. occur in many species of
rodents, including rats, voles (Microtus agrestris), chin-
chillas (Chinchilla laniger), meadow mice (Microtus modes-
tus), muskrats, lemmings (Lemmus lemmus), red-backed
mice (Clethrionomys glareolus), and others. Raptorial birds
serve as the definitive hosts. Whereas infections in raptorial
birds are routinely diagnosed, infection in a laboratory
rodent, a rat, has only been reported once161.

Life Cycle. The life cycles of Frenkelia spp. are typical
of the family, and involve predator-prey relationships. The
definitive hosts of Frenkelia spp. are raptorial birds in the
families Falconiformes and Strigiformes. These include the
hawks, eagles, vultures, and owls. Intermediate hosts,
including rats and mice, become infected by ingesting
sporocysts or sporulated oocysts shed in the feces of defini-
tive hosts. Only asexual reproduction occurs in the rodent
intermediate host.

Pathologic Effects and Clinical Disease. Following
infection, merozoite formation (merogony) occurs in the



rodent liver. Merogony may result in hepatic necrosis, and
perivascular cellular infiltration in several organs. Brady-
zoite tissue cysts are found in the brain and cervical spinal
cord, typically with no local reaction161. However, cyst
growth may occasionally cause pressure necrosis, followed
by inflammatory changes characterized by granulomatous
encephalitis with giant cell formation, perivascular and
meningeal infiltrates, and gliosis. Infections with Frenkelia
spp. are asymptomatic.

Diagnosis. Diagnosis of Frenkelia spp. infection, if it
occurs at all, will likely be as an incidental finding of
histopathology.

Treatment. There are no published guidelines con-
cerning treatment of Frenkelia spp. in laboratory rodents.
Infected colonies should be culled and the source of infec-
tion determined.

Prevention. Since Frenkelia spp. have obligate two-
host life cycles, infection of laboratory rodents is extremely
unlikely. Raptorial birds should not be housed near labora-
tory rodents, and rodent feed and bedding stocks should be
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protected from contamination with raptor feces, including
that introduced by filth-bearing insect transport hosts.

Public Health Considerations. Frenkelia spp. are not
considered public health hazards.

Hammondia hammondi
Morphology. Hammondia hammondi is a coccidian parasite
in the family Sarcocystidae. Oocysts shed in cat feces mea-
sure 10.6 µ by 11.4 µ163. Bradyzoite cysts form primarily in
skeletal and cardiac muscle in the rodent intermediate host.

Hosts. The definitive host of H. hammondi is the cat.
Intermediate hosts include rats, mice, deer mice (Per-
omyscus sp.), multimammate rats, hamsters, and several
other mammalian species. Hammondia hammondi is not
infective to humans. The prevalence of H. hammondi in
cats is very low164. The prevalence of H. hammondi in wild
rodents is unknown, but reports of natural infection are
rare165. Spontaneous hammondiosis has not been reported
in laboratory rodents.

Life Cycle. The life cycle of H. hammondi is similar to
that of T. gondii, except that there is no extraintestinal
phase of the life cycle in the cat, the intermediate hosts
become infected only by ingestion of oocysts, and cats
become infected only by ingesting intermediate hosts166.

Pathologic Effects. Hammondia hammondi is not
pathogenic in rodents. Elongated intracellular bradyzoite
cysts form primarily in skeletal and cardiac muscle, yet are
incidental.

Clinical Disease. Hammondia hammondi is not
thought to cause clinical disease in rodents. However, most
studies of intermediate hosts have focused on mice. Similar
studies are needed using rats.

Diagnosis. Diagnosis of H. hammondi infection is
similar to that of T. gondii. Infection with H. hammondi
may give cross-reacting positive results to T. gondii serol-
ogy unless monoclonal antibodies are used167. The two
infections can also be distinguished via bioassay in mice.
Sporulated oocysts are infective to mice, but bradyzoites
and tachyzoites of H. hammondi are not. In contrast, both
T. gondii bradyzoites and tachyzoites are infective to
mice166. Also, H. hammondi tissue cysts are more frequent
in striated muscle than in the brains of mice used for bioas-
say, while the opposite is true for T. gondii. This feature
alone, however, is inadequate for differentiating the two
infections167.

Treatment. There is no effective treatment for H.
hammondi infection in rodents. Affected colonies should
be culled.

Fig. 11.16 Frenkelia microti cysts in the brain of a vole. High magnifi-
cation of numerous lobulated cysts reveals smooth, thin cyst wall
(arrows). Hemotoxylin and eosin stain. Bar = 10 µm. Courtesy of J.P.
Dubey, United States Department of Agriculture. Reproduced from
Dubey, J.P. and Odening, K. (2001) with permission.



Prevention. Natural infection of laboratory rodents
with H. hammondi is unlikely to occur so long as feed and
bedding stocks are protected from contamination with cat
feces.

Public Health Considerations. Hammondia ham-
mondi is not considered a human health hazard.

Hepatozoon muris
Morphology. Hepatozoon muris (Syn. Hepatozoon pernicio-
sum, Leucocytozoon muris, Leucocytozoon ratti, Leucocytogre-
garina innoxia) is a coccidian parasite belonging to the
family Haemogregarinidae. These are heteroxenous (two-
host) parasites of the circulatory system of vertebrate hosts
and the digestive tract of invertebrate hosts. Schizonts,
which are found in the liver, are 10 µ to 30 µ in diameter168

(Figure 11.17). Gamonts, which occur in the lymphocytes,
appear in stained blood smears as elongated oval or reniform
bodies, 8 µ to 12 µ by 3 µ to 6 µ, with a light blue, non-gran-
ular cytoplasm and a pink central nucleus. The cytoplasm of
the lymphocyte around the parasite is unstained. Free forms
of the parasite, which occur in the blood, are slender and
curved or straight, and are often pointed at one end.

Hosts. Hepatozoon muris occurs only in rats of the
genus Rattus. Hepatozoon muris has been found in wild rats
throughout the world169, though the current prevalence is
unknown. Infection of laboratory-raised rats is presumed
to be rare.

Life Cycle. The rat becomes infected by ingesting the
invertebrate host, the spiny rat mite, Laelaps echidninus.
Sporozoites are released in the intestine, enter the hepatic
portal system, and are transported to the liver. Schizogony
takes place in the hepatic parenchymal cells. Merozoites enter
the lymphocytes in the circulating blood and become
gamonts. The gamonts are ingested by the mite; fertilization
and sporogony occur in the arthropod host (Figure 11.18)170.

Pathologic Effects. Hepatozoon muris is generally con-
sidered nonpathogenic in rats. Following natural infection,
parasite burdens increase gradually over the course of a few
months. The infection induces profound leukocytosis and
monocytosis, and may also cause splenomegaly, hepatic
degeneration, and anemia. Grossly, affected rats are pale,
the liver and spleen are enlarged, and the lungs may have
minute surface hemorrhages. Other organs may show
degenerative changes171.

Clinical Disease. Mild parasite burdens are asympto-
matic. In contrast, heavily infected rats develop anorexia,
lethargy, emaciation, terminal diarrhea, and death. A mor-
tality of 50% has been reported in rats experimentally
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infected by the parasite. Growing rats are more susceptible
to overwhelming infection than are mature rats171.

Diagnosis. Diagnosis is based on recognition of the
parasite in blood smears and tissue sections in association
with signs and lesions. Gametocytes may be demonstrated
within leukocytes on stained blood smears, while mero-
zoites may be observed in liver sections.

Treatment. No effective drugs are known. Eradica-
tion of mites prevents transmission of the parasite.
Affected colonies should be eliminated. Macintire and co-
workers report on the treatment of dogs infected with H.
americanum. Treatment with anticoccidial agents amelio-
rated clinical disease, but did not eliminate tissue stages172.
Likewise, Krampitz and Haberkorn administered
toltrazuril subcutaneously or in the drinking water or feed
of bank voles (Clethrionomys glareolus) infected with H.
erhardovae. Clinical recovery occurred following nearly all
routes and dosages, but infection was not reproducibly
eliminated with any of the regimens173. It is unlikely that
antiprotozoal treatment would be preferred to rederivation
and elimination of infected laboratory rats.

Prevention. This parasite should not occur in labora-
tory-reared rats in well-managed animal facilities because
the mite intermediate host should not be available. Rats
should be purchased from reputable sources.

Public Health Considerations. Hepatozoon muris is
not known to occur in humans.

Hepatozoon musculi
Hepatozoon musculi has not been reported from laboratory
mice since early in the last century174. It differs from H. muris

Fig. 11.17 Hepatozoon muris in the rat. (A) Schizonts in liver tissue.
(B) Gamont in lymphocyte. Reproduced from Wenrich, D.H. (1949)
with permission.
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Fig. 11.18 Hepatozoon muris. Life cycle: a. sporozoite; b-f. merogony;
g. invasion of blood cells by gamonts; i. gamonts free in blood meal of
mite; j, k. syzygy and maturation of gametes; l-n. syngamy and migra-
tion of zygote (ookinete) to extraintestinal tissues; o. young oocyst; p, q.
formation of numerous sporoblasts; r. single sporoblast; s, t. maturation
of sporoblasts containing 12–24 sporozoites. Reproduced from Lee,
J.J., Leedale, G.F., and Bradbury, P. (2000) with permission.

in that schizogony takes place only in the bone
marrow. The prevalence in wild populations of mice is
unknown.

Isospora ratti
Isospora ratti belongs to the family Eimeriidae. This para-
site was found in the intestinal contents of a wild Norway
rat several years ago but has not been reported since108.
Little is known of the biology of this parasite. Oocysts are
subspherical, smooth, and measure 22 µ to 24 µ by 20 µ to
21 µ (Figure 11.19).

Klossiella muris
Morphology. Klossiella muris is a one-host parasite in the
family Klossiellidae, and is the type species for the genus.
The sporocyst is the antemortem diagnostic stage, has a
thin wall, measures 16 µ by 13 µ, and contains 30 to 35
banana-shaped sporozoites174,175.

Hosts. Klossiella muris infects mice and rats176,177.
Historically, prevalence was high in laboratory colonies but
low in wild populations. Current prevalence in wild and
laboratory rodents is unknown.

Life Cycle. The mouse is infected by ingesting sporu-
lated sporocysts. Sporozoites are released and distributed
hematogenously to the endothelial cells of the renal
glomeruli, where schizogony occurs (Figure 11.20). Mero-
zoites enter the epithelial cells of the convoluted tubules of
the kidney, where they form gamonts which become
macrogametes and microgametes. After fertilization, the
zygote or sporont grows and divides by budding to form
12 to 16 sporoblasts, each of which becomes a sporocyst.
The sporocysts rupture the host cell and pass out of the
body in the urine175.

Pathologic Effects. Klossiella muris is generally con-
sidered nonpathogenic, but may result in interstitial
nephritis178. Kidneys may be enlarged, and pale areas and
small gray necrotic foci are seen on the surface179. Micro-
scopically, organisms occur in the tubular epithelial cells,
glomerular endothelium, and convoluted tubule lumens.
The parasites are most common in the cortex, where they
cause little inflammation, although destruction of tubular
epithelium has been reported. Foci of interstitial cellular
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infiltration are seen, but not in association with the organ-
isms175. Interstitial pneumonia, pulmonary congestion,
and splenomegaly are additional lesions which may be
observed in animals infected with K. muris178.

Clinical Disease. No clinical signs have been reported
in mice or rats experimentally infected with K. muris.
Some mice naturally infected with K. muris become emaci-
ated178. Infected mice have impaired metabolic capability
under cold conditions180.

Diagnosis. Diagnosis, when it occurs at all, will most
likely be made on gross and microscopic examination of
renal architecture and on recognition of the organisms in
tissue sections178. The presence of perivascular, follicular,
lymphocytic infiltration in the outer zone of the medulla is
said to be of diagnostic significance181. Giemsa staining of
impression smears reveals the sporogonic stages of the par-
asite177. The extent of colony involvement can be deter-
mined by examination of urine for sporocysts.

Treatment. Currently there is no treatment for
K. muris infection. Van Pelt and Dieterich treated a colony
of infected mice with various therapies, including nitrofu-
rantoin or sulfonamides added to the drinking water,
but none of these treatment regimens eradicated the
parasite178. Infected colonies should be eliminated or
rederived.

Prevention. Given the paucity of reports of this para-
site in laboratory mice and rats, it is assumed that infection
is rare. Exclusion of wild rodents and other good manage-
ment practices are important in maintaining a Klossiella-
free colony.

Fig. 11.19 Isospora ratti (sporulated oocyst). Reproduced from
Levine, N.D. and Ivens, V. (1965) with permission.



Fig. 11.20 Klossiella muris in mouse kidney. (A) Schizogony. (B), (C) Early stage of sporogony. (D) Late stage of sporogony. Courtesy of N.
Meshorer, Weizmann Institute of Science.
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Public Health Considerations. Klossiella muris is not
considered a risk to human health.

Sarcocystis muris
Morphology. Sarcocystis muris is a member of the family
Sarcocystidae. Sporocysts, released in the feces of infected
cats, measure 8.5 µ by 10.3 µ182.

Hosts. Mice serve as the intermediate host for S.
muris. Infection of wild mice has been reported in many
parts of the world183. Host genotype influences susceptibil-
ity to infection, with hybrid mice being more suscepti-
ble184. Many years ago S. muris was common in laboratory
rodent colonies, but is now extremely uncommon185. Rats
are not susceptible to infection with S. muris.

Life Cycle. In the mouse intermediate host, the life
cycle begins when the mouse ingests sporocysts containing
infectious sporozoites. These are released in the intestinal
tract. Following hematogenous dissemination, bradyzoite
cysts develop primarily in the diaphragm and tongue, and
to a lesser extent, the myocardium. This occurs within four
weeks of infection (Figure 11.21)186. Cysts are infective to
cats, in which the sexual phase of the life cycle occurs183.
Rodents may also serve as the definitive host, becoming
infected through cannibalism.

Pathologic Effects. Sarcocystis muris is known to cause
architectural changes in infected muscle fibers and in
uninfected fibers elsewhere in the infected rodent host187.
Heavy infection results in myositis and muscle necrosis185.
Cellular and architectural changes resulting in
splenomegaly, attributable to white pulp hyperplasia, have
also been noted in mice infected with S. muris. There is
also a progressive accumulation of splenic B-cells. These
changes are associated with suppression of cellular aspects
of immunity188.

Clinical Disease. Sarcocystis muris does not generally
cause clinical disease in the rodent intermediate host. Heavy
infections have resulted in hemorrhaging and abortion185.

Diagnosis. Diagnosis of S. muris is most likely to
occur during routine histopathologic examination of labo-
ratory mice. S. muris must be differentiated from other
cyst-forming coccidia, including Toxoplasma gondii,
Isospora felis, and Hammondia hammondi. These all form
bradyzoite cysts which are < 1 mm in diameter, while the
cysts of S. muris are larger185. Diagnosis is aided by exam-
ining cyst morphology on PAS-stained tissues.

Treatment. Rommel and co-workers have reported
the successful elimination of S. muris infection using com-
bination therapy consisting of sulfaquinoxaline plus
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pyrimethamine189. Ideally however, infected colonies
should be eliminated.

Prevention. Caretakers who own cats should be
instructed to practice strict personal hygiene to prevent
introduction of S. muris into the mouse colony. Feral cats
should not be allowed near feed and bedding storage areas,
because sporocysts released from infected cats may remain
infective for at least 20 days under suitable conditions.
Cockroaches have been shown to serve as vectors for S.
muris during this time190.

Public Health Considerations. Sarcocystis muris is not
considered a public health hazard.

Sarcocystis spp. in the mouse
Mice may also be infected with Sarcocystis dispersa, S. scotti,
and S. sebeki. The definitive hosts of each of these are vari-
ous species of owls27. Rodent feed and bedding stocks
should be protected from contamination from owl feces.
Mice may also become infected with Sarcocystis spp.,
described below for the rat.

Sarcocystis spp. in the rat
Morphology. Several Sarcocystis spp. have been reported
from wild rats. These include S. cymruensis, S. dirumpens,
S. murinotechis, S. singaporensis, S. sulawesiensis, S. villivil-
losi, and S. zamani191,192,193. The elongated cysts (or
Miescher’s tubes) of Sarcocystis spp. occur in cardiac and
skeletal muscle tissues throughout the body, or in vascular
endothelium, depending on parasite species. Cysts are

Fig. 11.21 Cross section of a Sarcocystis muris sarcocyst in a mouse
myocyte. Giemsa stain, 750 �. Reproduced from Dubey, J.P. (1991)
with permission.



bounded by a parasitophorous vacuole membrane. Zoites
liberated from cysts are crescent shaped, and differ by
species in length and width.

Hosts. In the wild, Sarcocystis spp. use a range of inter-
mediate hosts, including Rattus sp., multimammate rats,
house mice, gerbils, Siberian dwarf hamsters (Phodopus
sungorus), and bandicoot rats (Bandicota indica). Many
years ago, Sarcocystis spp. infections were common in labo-
ratory rodents194. Nowadays, laboratory rats are rarely
infected. Definitive hosts include snakes and cats. The
prevalence of natural infection in wild snakes is high, while
cats are uncommonly infected.

Life Cycle. Typical of the family, the life cycles of Sar-
cocystis spp. involve predator-prey relationships. The defin-
itive hosts of S. singaporensis, S. villivillosi, and S. zamani
are snakes. The definitive host of S. cymruensis is the cat,
while the definitive hosts of S. sulawesiensis, S. dirumpens,
and S. murinotechis are not known. Predators become
infected while consuming rodents infected with tissue
cysts. Rats become infected by ingestion of sporocysts shed
in predator feces.

Pathologic Effects. Of the species found in rats, S.
singaporensis is the most pathogenic, so much so that S. sin-
gaporensis has been proposed as a means of wild rat popula-
tion control. While many rats develop fatal protozoal
pneumonia, surviving rats mount a rapid and specific
immune response195.

Clinical Disease. Infections with most Sarcocystis spp.
are asymptomatic. However, S. singaporensis causes termi-
nal anorexia, labored breathing, and death196.

Diagnosis. Diagnosis of sarcocystosis is based on the
demonstration of the characteristic tissue cysts in histo-
logic sections. The cyst wall may be smooth or bear projec-
tions. Cyst wall morphology is a key feature used to
differentiate parasite species. Serologic tests have also been
developed but are not likely to be practical due to the low
prevalence of infection in laboratory rats.

Treatment. There are currently no effective therapies
for sarcocystosis in rats. In mice, S. muris infection can be
eliminated by combined treatment with sulfaquinoxaline
plus pyrimethamine189. It is not known whether this com-
bination will also clear rats of Sarcocystis spp.

Prevention. Infection of laboratory rats is extremely
unlikely when snakes and cats are not housed near labora-
tory rodents, and rodent feed and bedding stocks are pro-
tected from contamination with snake and cat feces.
Caretakers should practice adequate hygiene to prevent
spread of contamination from house cats and pet snakes.
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Public Health Considerations. The Sarcocystis spp. of
rats are not public health risks.

Toxoplasma gondii
Morphology. Toxoplasma gondii is a common coccidian
parasite belonging to the family Sarcocystidae. In the
rodent host, bradyzoite cysts are most numerous in the
brain, and are often up to 50 µ in diameter (Figure 11.22).

Hosts. The definitive host of T. gondii is the cat. Inter-
mediate hosts include virtually all warm-blooded animals,
including rats and mice. Globally, rodents, including rats
and mice, have frequently been found naturally infected
with T. gondii197,198.

Life Cycle. Cats become infected through ingestion
of infected intermediate hosts or by ingestion of sporulated
oocysts excreted from another cat. Following infection,
asexual, and later, sexual, development occurs in the feline
intestinal tract. Ultimately, unsporulated oocysts are
released into the environment. Oocysts can survive for
long periods under moderate conditions of temperature
and humidity. As a result, oocysts may contaminate feed or
bedding intended for use in the laboratory environment.

Laboratory rodents become infected following inges-
tion of feed or bedding contaminated with oocysts. Fol-
lowing ingestion of sporulated oocysts, sporozoites
penetrate and multiply within the lamina propria of the
small intestine. Thereafter, parasites disseminate and form
bradyzoite cysts in brain, lung, heart, muscle, liver, spleen,
kidneys, uterus, intestine, lymph nodes, and other
organs199. Tissue cysts are formed inside the cell as the host
develops both cellular and humoral immunity. Tissue cysts
may persist for many months, years, or the life of the host.
Once established in a rodent colony, offspring may also
become infected through transplacental transmission197.

Pathologic Effects. Toxoplasma gondii is an intracellu-
lar parasite capable of affecting all organs, with particular
affinity for the central nervous system and tissues of the
mononuclear phagocytic system. Severe infection, or
infection with virulent strains of T. gondii, may compro-
mise hematopoietic function and result in death due to
dissemination to extraintestinal organs200. Rats that sur-
vive longer may die of encephalitis or the compromise of
other vital organs. In mild infections, there may be no
obvious pathologic effects. Tissue cysts do not ordinarily
provoke inflammatory host responses. However, ruptured
cysts elicit lymphocytic inflammation.

Clinical Disease. Rats are among the most resistant
hosts to T. gondii infection, and rarely show clinical signs.



However, the clinical outcome of infection is highly
dependent on parasite strain, stage inoculated, and route
of inoculation. Infection of T. gondii in newborn or young
rats often results in fatal pneumonia201. Older rats inocu-
lated with few parasites become chronically infected but
rarely show clinical signs of infection. Rats administered
with large numbers of sporulated oocysts may experience
fatal infection202. Beyond these, T. gondii alters cognitive
function in the rat, such that the rat’s innate aversion to
cats is diminished, thereby facilitating predation and com-
pletion of the life cycle203. This would only be an issue in
the laboratory setting if infected rats were used in behav-
ioral studies.

Diagnosis. Spontaneous toxoplasmosis in laboratory
rodents is rare. Diagnosis of T. gondii infection is based on
the demonstration of parasites in tissue sections or stained
cell preparations, serologic tests (a commercial modified
agglutination test kit is available), bioassays of suspect
material in mice, or PCR assays197,204.

Treatment. There are no effective treatments for T.
gondii infection in rats. Infected rats should be culled,
because they are likely unfit for most research applications.
Valuable stocks or strains may be rederived free of T. gondii
by embryo transfer.

Prevention. Rodent feed and bedding must be pro-
tected from contamination with cat feces. Careful manage-
ment practices must be instated if cats and laboratory mice
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are housed in the same facility. An adequate vermin con-
trol program should be in place, because cockroaches may
serve as mechanical vectors of T. gondii through ingestion
of oocyst-containing cat feces. Rodents become infected
when they consume contaminated cockroaches190. Care-
takers should be encouraged to practice strict personal
hygiene after handling their personal cats at home to pre-
vent entry of T. gondii into the animal facility.

Public Health Considerations. Toxoplasma gondii
represents a potentially serious risk to human health. The
most common sources of human infection include con-
sumption of undercooked pork and lamb, and less com-
monly, ingestion of sporulated oocysts in cat feces. Human
fetuses and immune-compromised people are at increased
risk of potentially life-threatening illness with T. gondii.
The risk to human health is much lower when handling T.
gondii-infected rodents, because oocysts are not shed in the
feces of intermediate hosts. Research personnel handling
experimentally infected rodents must exercise caution to
avoid needle sticks.

Class Piroplasmidia

Babesia microti
Morphology. Babesia microti (Syn. Babesia rodhaini) is a
piroplasmid in the family Babesiidae. This is a small species
of Babesia. Intraerythrocytic forms appear singly as round,
ovoid, elongate, or amoeboid trophozoites; in pairs as
pyriform merozoites; or in tetrads as cross-shaped structures
each composed of four merozoites (Figure 11.23)27.

Hosts. Babesia microti infects several species of
rodents, including rats and mice. Humans may also
become infected. Infection of wild rodents is common,
whereas infection of laboratory rodents is extremely rare.

Life Cycle. The life cycle is indirect. Erythrocytic
forms are ingested by ticks (Ixodes sp.) during the consump-
tion of a blood meal. Sexual reproduction likely occurs
within the tick. The parasite is transmitted transstadially,
but not transovarially as in other Babesia sp. Another
rodent is infected during a subsequent blood meal taken by
an infected tick. Trophozoites are injected during the blood
meal. These enter erythrocytes and multiple by schizogony.

Pathologic Effects. Hemoglobinuria and death some-
times occur in experimentally infected rats205. Degenera-
tive changes occur in the convoluted tubules of the
kidneys, and large amounts of hematin are deposited in the
kidneys and liver. Natural infections are generally consid-
ered nonpathogenic. Cellular immunity is critical for the
clearance of B. microti in mice206.

Fig. 11.22 Toxoplasma gondii. A well-developed tissue cyst in the
brain of a rat 29 days after infection. Hematoxylin and eosin, 650 �.
Original photograph courtesy of Dr. J.P. Dubey, United States Depart-
ment of Agriculture. Reproduced from Baker, D.G. (2005) with per-
mission.



Clinical Disease. Natural infection with B. microti is
not associated with clinical disease in immunologically com-
petent hosts. Experimentally infected aged mice experience
increased mortality when compared to younger animals207.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identifying parasites in erythrocytes on thin
blood smears. There are currently no effective therapies
recommended for treatment of babesiosis in rodents.
Infected colonies should be eliminated. Ticks and wild
rodents should be excluded from the laboratory animal
facility. Wild rodents brought into the facility should be
treated for tick infestations while in quarantine, and tested
for babesiosis.

Public Health Considerations. Babesia microti is a
known zoonotic agent. Splenectomized persons are at
heightened risk of developing clinical babesiosis.

Babesia rodhaini
Morphology. Babesia rodhaini measures 2 µ to 4 µ long
and 2 µ to 3 µ wide. Multiplication stages include four
trophozoites, each measuring 2 µ by 1 µ, which are
arranged in a cruciform pattern. Trophozoites ingest host
cell cytoplasm by phagotrophy as do Plasmodium. Hemo-
globin is digested more completely and there is no forma-
tion of hemozoin, a parasite metabolite released during
schizogony208.

Hosts. Babesia rodhaini naturally infects erythrocytes
of the tree rat (Thamnomys surdaster)209. Mice, Norway
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rats, cotton rats (Sigmodon hispidus), and hamsters have
been experimentally infected, but natural infection has not
been reported in laboratory rodents. Subpatent infections
have been established experimentally by inoculation of
splenectomized primates, including guenon (vervet) mon-
keys (Cercopithecus pygerythrus), Guinea baboons (Papio
papio), and chimpanzees (Pan troglodytes), as well as in an
intact, black-capped capuchin monkey (Cebus apella)210.
Experimental infection in rodents is commonly used as an
animal model of human babesiosis.

Life Cycle. The life cycle is similar to that of B.
microti. The life cycle is indirect, with sexual reproduction
occurring within the tick intermediate hosts.

Pathologic Effects. Experimentally infected mice
develop anti-erythrocyte and anti-parasite IgG antibod-
ies211, leading to severe hemolytic anemia, hyperplasia of
cells involved in the mononuclear phagocytic system, focal
liver necrosis, nephritis, and hematuria209. The incubation
period is three to 10 days, and the infection reaches a peak
in six to 13 days212. Similar changes occur in experimen-
tally infected rats213.

Clinical Disease. Clinical signs are not typically
observed until severe pathologic changes have occurred.
Then, experimentally infected mice become pale and
die209.

Diagnosis. Diagnosis is based on identification of the
parasite in erythrocytes.

Treatment. While partial elimination of B. rodhaini
has been achieved using clindamycin and tetracycline,
there are currently no effective therapies recommended for
treatment of babesiosis in rodents214.

Prevention. Ticks should be excluded from the labora-
tory animal facility. Wild rodents brought into the facility
should be treated for tick infestations while in quarantine.

Public Health Considerations. Babesia rodhaini is
not considered infectious for humans. However, because
B. rodhaini has been reported in non-human primates,
splenectomized and immune-compromised people should
exercise caution when working around infected animals.

Class Haemosporidia

Plasmodium inopinatum
Plasmodium inopinatum belongs to the family
Plasmodiidae. It was reported from a wild rat in Belgium
many years ago, but has not been reported since.
Experimental infections may be established in mice, rats,
hamsters, tree rats (Thamnomys surdaster), and fat mice
(Steatomys)215.

Fig. 11.23 Babesia microti in rodent blood smear (arrows). Giemsa
stain, 1000 �. Specimen courtesy of Sam Telford III, Tufts University.



Plasmodium spp.
Several species of Plasmodium are maintained in laboratory
rodents for malarial research. In each case, the natural host
is a murine rodent. Three of the most common are dis-
cussed here.

Plasmodium berghei occurs naturally in the tree rat in
central Africa216. It is transmissible to the Norway rat,
mouse, hamster, and various wild rodents, but not to the
guinea pig or rabbit. Severe malaria is produced in the
mouse and in pregnant rats. Non-pregnant rats experience
a milder form of disease217. In addition, P. berghei has been
associated with other conditions, including paralysis218

and alteration of chemical receptors in the rat brain219.
Plasmodium chabaudi was obtained from a tree rat in

central Africa220. It can be easily transmitted to the mouse,
in which it causes severe, fatal malaria221. Rats are more
difficult to infect and are therefore rarely used as a host
species.

Plasmodium vinckei was obtained from a mosquito in
central Africa222. Several subspecies have been described.
Plasmodium vinckei develops in certain African rats
(Thamnomys, Aethomys) and the mouse and causes a severe
type of malaria in the latter species. It is not transmissible
to the Norway rat.

Phylum Microsporidia

Encephalitozoon cuniculi

Morphology. The biology of Encephalitozoon cuniculi is
presented in detail in Chapter 15, Parasites of Rabbits. As
noted in that chapter, analysis of small subunit RNA has
resulted in the reclassification of this pathogen to the
fungi146. Spores are oval, and measure about 1.5 µ by 2.5
µ, with a thick, resistant spore wall. The spore contains a
nucleus near one end and a polar tube forming five to six
coils at the other end.

Hosts. Encephalitozoon cuniculi exists in at least three
strains and infects several species of mammals, including
rats, mice, and humans147. The extent to which strains are
cross-infective and/or represent distinct species is
unknown. Though never common in laboratory rodent
colonies, E. cuniculi is now considered rare148. However,
the current actual prevalence of E. cuniculi in rat and
mouse colonies is unknown. Infection remains common in
wild rodent populations149,150.

Life Cycle. The life cycle of E. cuniculi is presented in
Chapter 15, Parasites of Rabbits. Briefly, transmission is
through the ingestion of spores excreted in the urine.
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Spores usually form clusters in the brain, kidney, liver,
macrophages, and less commonly, peritoneal exudates,
heart muscle, pancreas, spleen, and other organs.

Pathologic Effects and Clinical Disease. In rodents,
infection with E. cuniculi has been primarily associated
with lesions in the brain, kidneys, and to a lesser extent,
liver (Figure 11.24). In one study, granulomatous
encephalitis caused by E. cuniculi was found throughout
the brain in 21% of 365 adult laboratory rats151. The gran-
ulomas (glial nodules) consisted of collections of activated
glial cells surrounded by lymphocytes. Perivascular spread
of sporoblasts was observed in the brain, without an associ-
ated inflammatory response. The pathogen was also found
in interstitial infiltrates in rat kidneys151. Other investiga-
tors have found granulomas in sections of cervical spinal
cord152. Immunity to E. cuniculi is dependent on both
CD4+ and CD8+ T cells153, and may be suppressed by E.
cuniculi itself in some strains of mice154.

Historically, E. cuniculi was a frequent contaminant
in cell cultures. Several years ago, Petri reported the infec-
tion in 25% of tumor cells of a transplantable ascites sar-
coma155. The infected tumor cells became less pathogenic
than usual and did not give rise to solid tumors after sub-
cutaneous inoculation of rats. Rats and mice infected with
E. cuniculi typically show no clinical signs.

Diagnosis. Exudates from suspected animals should
be air-dried, fixed with methanol, stained, and examined
for spores. Normally, only a small portion of peritoneal
mononuclear cells are infected. Spores can be demon-
strated using special stains. For example, E. cuniculi stains
positively with Giemsa, Goodpasture’s carbol fuchsin,
iron hematoxylin, and gram stains, while Toxoplasma
gondii does not. Conversely, T. gondii stains well with
hematoxylin and eosin, whereas E. cuniculi stains poorly.
Serologic assays have been developed for colony surveil-
lance, though these have found greatest utility in monitor-
ing rabbit colonies. Polymerase chain reaction assays156,
single-strand conformation polymorphism analysis157, and
other newer diagnostic modalities will likely assume
greater diagnostic roles in the future.

Treatment. Novel synthetic polyamines have been
shown to be effective in the treatment of experimentally
infected mice158. Fenbendazole has been used successfully
for eliminating E. cuniculi in rabbits159. However, infected
rodent colonies should be culled.

Prevention. Because of improvements in husbandry
standards, infection of laboratory rodent colonies is rare.
Careful management practices should be instituted when



housing rodents and potentially infected rabbits in the
same animal facility.

Public Health Considerations. Encephalitozoon cuni-
culi may cause severe disease in immunocompromised
people. Therefore, such people should exercise caution
when working with potentially infected laboratory
animals.

CESTODES

Nearly all cestode life cycles require multiple hosts.
Improvements in laboratory animal husbandry practices
typically preclude exposure to infectious stages in the
research environment. However, cestode infections are not
uncommon in wild rodents, and breakdown in manage-
ment practices may expose laboratory animals to infection.
In addition to those described, rodents may occasionally
serve as intermediate hosts for Taenia pisiformis and
Echinococcus multilocularis.

Cataenotaenia pusilla

Cataenotaenia pusilla is a tapeworm in the family Cataeno-
taenidae. It has been reported in wild and laboratory house
mice and laboratory hamsters, and from wild rats77,223. It is
likely that other closely related rodents are also susceptible
to infection. Adults are 30 mm to 160 mm long. The
scolex bears four suckers but lacks a rostellum. Gravid
proglottids are longer than wide, and are released in the
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feces. The eggs measure 22 µ to 28 µ by 12 µ to 15 µ. Inter-
mediate hosts of C. pusilla are grain or storage mites,
including Glycophagus domesticus and Tyroglyphus fari-
nae223. Adult worms inhabit the small intestine of the
rodent definitive host, where they appear to cause no
pathological effects. The genus includes at least seven other
species, all of which have been found in rodents.

Hymenolepis diminuta

Morphology. Hymenolepis diminuta is known as the “rat
tapeworm.” The adult worm measures 20 mm to 60 mm
in length and 3 mm to 4 mm in width. Hymenolepis dimin-
uta has a pear-shaped scolex bearing four deep suckers. 
Its scolex is similar to that of Rodentolepis nana and
R. microstoma, except that H. diminuta bears no hooks (is
unarmed). Mature proglottids are much wider than long,
measuring 20 mm to 60 mm in length and 3 mm to 4 mm
in width (Figure 11.25). Gravid segments break away from
the strobila and are passed in the feces. The egg is almost
spherical, measures 62 µ to 88 µ by 52 µ to 81 µ, and con-
tains an embryo which possesses three pairs of small hooks
(Figure 11.26). Unlike R. nana, the embryo of H. diminuta
lacks polar filaments. The eggs of H. diminuta are more
resistant to the environment than those of R. nana, and can
survive in the feces for up to six months.

Hosts. Hymenolepis diminuta occurs in the upper
small intestine of mice, rats, other rodents, and primates,
including humans. It is common in wild rodents77 but rare
in laboratory populations. Rat strains differ in susceptibil-
ity to infection. In one study, inbred rats of the TM and
DA strains developed 60% and 30% fewer total adult
worms, respectively, versus F344/N, JAR-2, LOU/M, and
outbred Wistar rats224.

Life Cycle. The life cycle of H. diminuta requires an
insect intermediate host. This is usually a mealworm beetle
(Tenebrio molitor), flour beetle (Tribolium confusum),
moth, or flea (Nosopsyllus fasciatus). Eggs are ingested by
intermediate hosts, hatch, and develop into cysticercoid
larvae. Infection of the definitive host is by ingestion of the
infected arthropod. The larva is liberated from the cys-
ticercoid, and the scolex evaginates and attaches itself to
the intestinal mucosa. Adult worms are found in 19 to 21
days. Unlike R. nana, the cysticercoid of H. diminuta can-
not develop within the definitive host.

Pathologic Effects. Light infections with H. diminuta
are nonpathogenic225. The number of worms present in
the intestinal tract is somewhat self-limiting, through the

Fig. 11.24 Encephalitozoon cuniculi. Granuloma in the liver of a
mouse contains a cluster of small (1 � 1.5µ) ovoid, Gram-positive
microsporidia spores. Bar = 10 µ. Courtesy of E. Didier, Tulane Univer-
sity Medical School.
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Rodentolepis nana

Morphology. Rodentolepis nana (Syn. Hymenolepis nana,
Hymenolepis fraterna, Vampirolepis nana), is also known as
the “dwarf tapeworm” of mice. It is a member of the class
Eucestoda and family Hymenolepididae. Rodentolepis nana
is a slender worm, usually about 25 mm to 40 mm long and
less than 1 mm wide229. Worm length is affected by the
host’s immune status and the temperature at which the host
is housed230. The scolex bears four unarmed suckers, and the
rostellum is armed with a single ring of 20 to 27 small hook-
lets (Figure 11.27). Mature proglottids are wider than long
and trapezoidal (Figure 11.28). The egg is oval and measures
44 µ to 62 µ by 30 to 55 µ (Figure 11.29). The embryo is
spherical and thin-walled with a knob at each pole, from
which six fine filaments emerge. The onchosphere (hexa-
canth embryo) possesses three pairs of small hooks.

Hosts. Rodentolepis nana occurs in the small intestines
of rodents, particularly mice and hamsters231, though
infections in other rodents have also been reported232. Par-
asite strains are not universally cross-infective between
rodent species233. Rats may also become infected. Some
investigators consider the rat to be an unnatural host234,
though in one survey, wild rats, but not wild mice, were
found naturally infected with R. nana77.

Fig. 11.25 Hymenolepis diminuta, mature proglottids. Courtesy of
Marietta Voge, University of California.

Fig. 11.26 Hymenolepis diminuta, embryonated egg. Courtesy of
Marietta Voge, University of California.

development of a strong but short-lived immune resistance
to further infection226. Heavy infection may cause acute
catarrhal enteritis or chronic enterocolitis with lymphoid
hyperplasia227. However, even mild infections may
alter host physiology, including increased intestinal perme-
ability228.

Clinical Disease. Infection with H. diminuta is gener-
ally asymptomatic. Because the life cycle includes an oblig-
atory intermediate host, and worm populations are
density-dependent, heavy worm burdens are rare.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on finding eggs or proglottids in the feces, or adult
worms in the small intestine. Little information is available
concerning treatment of mice infected with H. diminuta
using modern anthelmintics. Treatments recommended
for R. nana will likely also be effective against H. diminuta.
However, infected colonies should be culled, because
infection may alter host physiology. Prevention of infec-
tion depends on procurement of animals from reputable
dealers, as well as exclusion of wild rodents and potential
arthropod vectors from animal facilities.

Public Health Considerations. Though less common
than infection with R. nana, infection of humans with H.
diminuta does occur. However, human infection requires
ingestion of infected arthropod intermediate hosts.



Historically, many primates, including humans, have
been considered to be susceptible to rodent strains of R.
nana. In fact, in some parts of the world, human infections
are quite common235. However, recent studies have sug-
gested that rodent and human isolates of R. nana may be
different and not cross-infective236. Laboratory strains of
mice differ in the speed of onset of immune response to R.
nana. Mice of the C57 strain respond more rapidly, while
C3H mice are delayed responders237.

Historically, the prevalence or R. nana in laboratory
rodents was high238. This is no longer the case. However,
mice or other rodents purchased from pet stores may still
be found to be infected239, and animal workers who own
these pets risk introducing the parasite into the laboratory
animal population unless strict attention is paid to per-
sonal hygiene.

Life Cycle. The dwarf tapeworm is the only cestode
known to be transmitted directly, because eggs passed in
the feces of the definitive host are infective to another
definitive host. The eggs hatch in the small intestine, and
the embryos penetrate the intestinal villi and become cys-
ticercoid larvae in four to five days within the villus
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Fig. 11.27 Rodentolepis nana scolex with rostellum retracted. Cour-
tesy of Marietta Voge, University of California.

Fig. 11.28 Rodentolepis nana, mature proglottids. Courtesy of Mari-
etta Voge, University of California.

Fig. 11.29 Rodentolepis nana, embryonated egg. Courtesy of Marietta
Voge, University of California.



mucosa. The larvae then reenter the intestinal lumen,
attach to the mucosa, and develop into mature worms in
10 to 11 days. Thus the life cycle, in direct transmission, is
completed in 14 to 16 days229.

Indirect transmission also occurs. Infective larvae
develop in grain beetles (T. molitor and T. obscurus), flour
beetles (Tribolium confusum), and fleas (Pulex irritans,
Ctenocephalides canis, and Xenopsylla cheopis), and the
definitive host becomes infected by ingestion of the
infected insect240. The egg hatches in the insect gut and the
onchosphere penetrates the hemocoele and develops into a
cysticercoid larva. The length of the indirect life cycle is
variable because the time required for larval development
in the insect varies with the environmental temperature.

A further variation in the life cycle is autoinfection, or
the immediate hatching of eggs within the intestine of the
same host in which they were produced241. The embryos
develop into mature adults without leaving the original host.

Rodentolepis nana is also unusual in that the life span
of the adult in the intestine is usually limited to a few
weeks. Successful establishment of re-infection depends on
the nature of the previous infection. When direct transmis-
sion occurs, the host tissue is invaded and a degree of
immunity develops. However, when transmission is indi-
rect, the initial infection is acquired by ingesting fully
developed larvae in insects, the tissue phase is omitted, and
immunity does not develop242. Autoinfection does not
usually occur in hosts initially infected by direct transmis-
sion because of immunity produced during the tissue
phase of the original infection.

Pathologic Effects. The effects of this parasite depend
on the number of worms present. Heavy infection causes
severe catarrhal enteritis227. Chronic infections were
reported to produce abscesses and focal granulomatous
lymphadenitis of mesenteric lymph nodes243. Serum albu-
min levels decline for the first 20 days post-infection in rats
experimentally infected with R. nana. This is accompanied
by increased �-globulin levels, indicating a developing
immune response. Thereafter, albumin levels return
toward normal, coincident with worm expulsion244. Other
physiologic changes include: decreased serum concentra-
tions of glucose and total proteins, increased serum lipid
concentration245, and decreases in intestinal tissue protein
and lipid246. There is also increased histamine or a hista-
mine-like compound in the intestine of R. nana-infected
rats247, and increased intestinal eosinophilia248.

Clinical Disease. Heavy infection causes retarded
growth, weight loss, and intestinal obstruction in the
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mouse229. Clinical signs may not be observed in less severe
cases.

Diagnosis. Diagnosis is based on the identification of
the eggs in the feces or the adult worms in the intestine at
necropsy (Figure 11.30). Adults of R. nana may be distin-
guished from those of H. diminuta by overall size, and
because the scolex of R. nana bears hooks, while the scolex
of H. diminuta does not.

Treatment. Infection may be eliminated with a single
oral dose of praziquantel, administered at a dosage of 35
mg/kg to mice, or 10 mg/kg to rats249. Also in rats, infection
can be eliminated with four consecutive days of nitroscanate
added to the feed at a rate providing 50 mg/kg of the
drug250. However, infected animals should be rederived or
eliminated.

Prevention. Because infection with this parasite can
be spread in many ways, control is difficult once the infec-
tion is established within the facility. Sanitation and insect
control are essential. Because of the high prevalence of
infection in wild rodents, these animals should not be
allowed to enter the animal facility or contaminate feed or
bedding stores.

Public Health Considerations. In spite of reports sug-
gesting that human and rodent isolates of R. nana are dif-
ferent and not cross-infective, animal care personnel should
exercise caution when working with infected rodents. Con-
taminated feed and bedding should be incinerated.

Rodentolepis microstoma

Morphology. Rodentolepis microstoma (Syn. Hymenolepis
microstoma, Vampirolepis microstoma) is a member of the
class Eucestoda and family Hymenolepididae. It is known
as the “bile duct” tapeworm of mice. Rodentolepis micro-
stoma is a small, slender, white worm. Adults are 80 mm to
350 mm in length, and 2 mm in width. The size of the
adult worm is influenced by a number of factors, including
sex hormones of the male mouse host. Orchiectomy
reduces the size of adult worms, while ovariectomy has no
effect251. Like R. nana, R. microstoma has an armed rostel-
lum. The rostellum bears 23 to 28 small hooklets. The
round eggs measure 80 µ to 90 µ in diameter252 and con-
tain polar filaments253.

Hosts. The mouse is the primary host of R. micro-
stoma. Infection is common in wild mice253. Mouse strains
differ in their ability to mount an effective immune
response to R. microstoma; AKR are mice that are more
resistant to secondary infection than C3HeB/FeJ mice254.



Cotton rats and the Syrian hamsters have also been
infected experimentally255. The latter developed clinical
signs of cestodiasis252. Recently, R. microstoma was found
in humans in Western Australia235. The rat is not a natural
host, and is not susceptible to experimental infection. In
fact, some investigators have been unable to infect rats
even experimentally252,256.

Life Cycle. After ingestion of the infected flour beetle
intermediate host, oncospheres are found in the first 20 cm
of the mouse small intestine distal to the pylorus. By four
days post-infection, worms are migrating to the bile duct,
where they mature, and attain their full size by 25 days
post-infection. The prepatent period is 14 days252, after
which worms are rarely found in the gut257. Autoinfection
as reported for R. nana does not occur252. Recently, it has
been reported that a “tailless” form of R. microstoma may
develop cysticercoids in the intestine of some strains of
immunodeficient mice258. This finding suggests that the
direct life cycle may have originated from the indirect life
cycle. This is supported by the time required for develop-
ment of the fully matured cysticercoids in mice, which is
longer in mice than in beetles.
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Pathologic Effects. Even mild infections are associ-
ated with localized biliary inflammation and mucosal ero-
sion259. Experimental infection results in pronounced
intestinal mastocytosis260, hepatitis and biliary ductule
hyperplasia255, increased rates of hepatic fatty acid and
cholesterol synthesis, decreased testicular fatty acid synthe-
sis and weights, increased metabolic rate261, and other
physiologic changes262. Hepatic damage was reduced when
mice were housed at higher environmental temperatures45.

Clinical Disease. Clinical signs are not typically
observed in mice infected with R. microstoma.

Diagnosis. Diagnosis is made by finding the adult
worm in the bile duct. Rodentolepis microstoma may be fur-
ther differentiated from R. nana by the larger size of the
eggs in the former.

Treatment. Little information is available on treat-
ment of mice infected with R. microstoma. It is likely that
treatments effective against R. nana will also be effective
against R. microstoma. However, infected mice should be
culled or rederived.

Prevention. Natural infection of laboratory mice with
R. microstoma has not been reported recently. Exclusion of
wild mice and beetle intermediate hosts should prevent
establishment of this parasite in the modern laboratory
animal facility.

Public Health Considerations. As noted above, R.
microstoma has been reported in humans235. However, it is
unlikely that animal workers will become infected with
this parasite while working in the animal facility.

Rodentolepis straminea

Rodentolepis straminea is morphologically similar to R.
microstoma. The two species are most easily differentiated
from each other, and from R. nana, by careful examination
of the eggs and scolex. The round eggs of R. microstoma
measure 80 µ to 90 µ in diameter, while the slightly more
oval eggs of R. straminea measure 35 µ to 48 µ by 44 µ to
57 µ. Also, eggs of R. microstoma have five to six polar fila-
ments and those of R. nana have three to five, and they are
absent in eggs of R. straminea. The scolex of R. microstoma
bears 23 to 29 rostellar hooks, while that of R. straminea
bears 22 to 36 hooks253.

Rodentolepis straminea has been reported in wild
rodents in many parts of the world. The life cycle of R.
straminea is similar to that of R. microstoma, with the
exception of differences in the range of definitive hosts.

Fig. 11.30 Rodentolepis nana, adults in small intestine of mouse.
Reproduced from Heyneman, D. (1961) with permission.



The preferred definitive hosts of R. straminea include M.
auratus, M. musculus, and Apodemus spp.

Taenia taeniaformis

Morphology. Taenia taeniaformis (Syn. Hydatigera taeni-
aformis) is a cyclophyllidean tapeworm. Adult tapeworms
are found in domestic and exotic cats, while the metaces-
tode stage of T. taeniaformis (strobilocercus larval stage for-
merly named Cysticercus fasciolaris) is found in the rodent
intermediate host. Cysts reach a diameter of up to 10 mm
and contain a strobilocercus, which measures 60 mm to
100 mm in length264.

Hosts. Taenia taeniaformis is the most common tape-
worm species found in cats. Suitable rodent intermediate
hosts include house mice, Norway rats, Syrian hamsters,
Persian gerbils (Meriones persicus), voles, and Eastern gray
squirrels (Sciurus carolinensis). Infection is uncommon in
wild rats and mice77. Rabbits may also occasionally serve as
intermediate hosts263. However, strain differences, based
on infectivity and restriction endonuclease patterns, exist
among rodent isolates of T. taeniaformis265.

Life Cycle. Following ingestion of an infectious egg,
the larva migrates through the intestinal wall of the rodent
and develops to a strobilocercus in the liver. Approximately
two months are required for the strobilocercus to mature
and become infective to the cat definitive host266.

Pathologic Effects and Clinical Disease. Larvae
migrate to the liver. Here they establish migration tracts
that become surrounded by a thick zone of inflammation,
but are not considered to have significant deleterious
effects264. Infections in the rodent intermediate host are
asymptomatic264.

Diagnosis, Treatment, and Prevention. Diagnosis is
typically made at necropsy, by identifying the strobilocer-
cus in the liver. Mebendazole has been used to kill strobilo-
cerci in mice267. However, infections in the rodent
intermediate host typically are discovered at necropsy, and
so are not treated. Infected colonies should be eliminated.
Laboratory rodent feed and bedding stocks should be pro-
tected from contamination with cat feces.

Public Health Considerations. Adults of T. taeni-
aformis have been recovered from the intestines of humans.
It is not known how these people became infected, but it is
likely that they consumed the infective strobilocercus from
a rabbit or rodent host. Unless animal workers engage in
such behavior, it is extremely unlikely that they will
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become infected with this parasite. Therefore, T. taeni-
aformis is not considered to be a public health hazard.

NEMATODES

Improvements in laboratory animal husbandry and medi-
cine have resulted in a significant decline in the prevalence
of nematode parasite infections of laboratory rats and
mice. Still, breaks in sanitation procedures, importation of
wild rodents, or procurement of rodents from infected
sources may permit the introduction of nematode parasites
into the laboratory animal colony.

Superfamily Rhabditoidea

Strongyloides ratti

Morphology. The threadworm, Strongyloides ratti, is a
member of the superfamily Rhabditoidea. The main
importance of this parasite has been as an experimental
model in developmental biology and parasitology. Only
the adult female worm is known to be parasitic. The adult
worm is small, measuring only 2.1 mm to 3.1 mm (mean
2.37 mm)269.

Hosts. Strongyloides ratti is common in the intestines
of wild Norway rats and black rats throughout the
world270,271, though some of these reports may actually be
of S. venezuelensis, a similar species. Strongyloides ratti has
not been reported from modern laboratory animal facili-
ties. Mice are also susceptible to infection, but are not con-
sidered to be a natural host272.

Life Cycle. Like other members of the genus, the life
cycle of S. ratti includes both parasitic (homogonic) and
free-living (heterogonic) phases (Figure 11.31). Eggs typi-
cally hatch before being passed in the feces of the infected
host. Under appropriate environmental conditions,
homogonic development results in the generation of third-
stage infective larvae. These enter a suitable host through
the hair follicles to the sebaceous glands268. Larvae rapidly
disseminate via the bloodstream before entering the lungs.
Larvae molt in the lungs before ascending the trachea and
being swallowed. Worms mature within four days post
inoculation, and colonize from the pylorus to a distance of
roughly 45 cm into the small intestine.

Peak populations are found within the first 15 cm of
the small intestine273. The prepatent period is five days268.
Trans-mammary transmission also occurs and may be the
most common means of infection in suckling rats274. In



contrast, heterogonic development results in the genera-
tion of larvae, which mature in the environment to male
and female adult worms and then mate. Eggs produced
from these matings develop into third-stage infective lar-
vae. While other Strongyloides sp. may undergo multiple
generations of heterogonic development, S. ratti under-
goes only one generation of heterogonic development273.
As immunity develops or worm burdens increase, worms
redistribute from the small intestine to the large intes-
tine275. Typically, adult worms are expelled from the intes-
tine starting 14 to 18 days after infection, with the
development of an immune response276,277.

Pathologic Effects. Infection with S. ratti is not asso-
ciated with alterations in intestinal function in immuno-
competent rats278, and causes minimal damage in the
lungs279. Larvae that invade skin elicit dermatitis at the site
of penetration. The severity of the reaction is similar in rats
that experience primary versus challenge infection280.

Clinical Disease. Infection with S. ratti is not associ-
ated with clinical disease of the intestinal tract278. Skin-
penetrating larvae may cause local dermatitis280.

Diagnosis, Treatment, and Prevention. Infection with
S. ratti may be diagnosed by finding the characteristic larvae
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on fecal examination. Infection with S. ratti may be elimi-
nated using benzimidazole anthelmintics such as albenda-
zole281 and thiabendazole282. Infection with S. ratti has not
been diagnosed in a laboratory animal colony in recent times.

Public Health Considerations. Strongyloides ratti is
not considered to be a public health hazard.

Strongyloides venezuelensis

Morphology. Strongyloides venezuelensis superficially
resembles S. ratti. The two can be differentiated by a num-
ber of morphologic features269. The two most useful fea-
tures include spiral-shaped ovaries in S. venezuelensis adult
female worms and eggs which develop to early cleavage
stages when passed in host feces. In contrast, the ovaries of
S. ratti adult female worms are straight, and most larvae
have hatched when passed in the host feces. Adult female
S. venezuelensis are 2 mm to 3.2 mm long269,283.

Hosts. Strongyloides venezuelensis is common in the
intestine of wild rats284. Other reported hosts include the
cotton rat285, Mongolian gerbil286, Syrian golden ham-
ster287, and laboratory mouse288. Mice are much more sus-
ceptible to infection with S. venezuelensis than with S. ratti,
and thereby serve as a useful model for human strongy-
loidiasis289. However, inbred mouse strains differ in sus-
ceptibility. For example, 129/SvJ mice are naturally less
susceptible than C57BL/6 mice, possibly due to higher
intestinal concentrations of chondroitin sulphate, which
prevents worm establishment288. Strongyloides venezuelensis
should not occur in modern laboratory animal facilities.

Life Cycle. The life cycle of S. venezuelensis is gener-
ally similar to that of S. ratti. Infecting larvae penetrate
compromised skin, migrate through the subcutaneous tis-
sues and the muscle, and arrive in the lungs, probably
hematogenously. Larvae leave the lung via the trachea,
then pass through the esophagus and stomach, and reach
the small intestine290. Transmammary passage also occurs,
and may partially explain why S. venezuelensis infection
occurs primarily in suckling rats291. Testosterone appears
to increase susceptibility to infection in rats292.

Pathologic Effects. Pathologic effects are similar to
those induced by S. ratti. Experimental infection with
large numbers of parasites results in dermatitis, hemor-
rhagic and eosinophilic pneumonia, and other pulmonary
changes indicative of a type-1 hypersensitivity response293.
Intestinal mucosal mast cells are important in causing the
expulsion of S. venezuelensis294.

Clinical Disease. Clinical disease has only been reported
in rats experimentally inoculated with large numbers of

Fig. 11.31 The life cycle of Strongyloides ratti has both parasitic and
free-living phases. The progeny of the parasitic female phase can
develop by two different routes, termed heterogonic and homogonic.
(L) Larval stage. Reproduced from Viney, M.E. (1999) with permission.



infective larvae295. In those cases, clinical signs, including
death, were associated with pulmonary migration of larvae.
Pulmonary function studies also indicate that airways are
hyperresponsive293.

Diagnosis, Treatment, and Prevention. Infection
with S. venezuelensis may be diagnosed by finding the char-
acteristic embryonated or blastular eggs on fecal examina-
tion. Infection with S. venezuelensis may be eliminated
using single injections of levamisole (26 mg/kg) or iver-
mectin (0.2 to 0.5 mg/kg)296. Oral preparations of iver-
mectin (0.2 mg/kg) also are highly effective against both
larval and adult forms297. Infection with S. venezuelensis
has not been diagnosed in a laboratory animal colony.

Public Health Considerations. Strongyloides venezue-
lensis is not considered to be a public health hazard.

Superfamily Heterakoidea

Heterakis spumosa

Morphology. Heterakis spumosa is a member of the super-
family Heterakoidea and family Heterakidae. Members of
this superfamily resemble members of the superfamily
Ascaridoidea. Adult worms have three small lips and a
cylindrical esophagus that swells posteriorly, ending in a
distinct bulb. The male is 6.4 mm to 9.9 mm long by 0.20
mm to 0.26 mm in diameter, with a distinct spicule. The
female is 7 mm to 13 mm by 0.68 mm to 0.74 mm. The
egg has a thick, mammillated shell and measures 55 µ to
60 µ by 40 µ to 50 µ298.

Hosts. This parasite is common in wild Norway and
black rats, and in a range of other wild rodents throughout
the world, including wild field mice (Apodemus spp.), moles
(Mogera spp.), and others54,299,300. Experimental infections
in laboratory mice are frequently established to study host-
parasite relationships301. Heterakis spumosa has not been
reported from laboratory animal colonies for many years.

Life Cycle. The life cycle is direct. Eggs passed in the
feces embryonate in about two weeks. When ingested they
hatch in the stomach, and the larvae migrate to the cecum
and colon, where they mature in about 26 to 47 days298.
High circulating testosterone levels in sexually mature and
intact male mice profoundly affect the host-parasite rela-
tionship. Testosterone effects include an extended period
of parasite egg release, increased number of eggs released,
shortened prepatent period, accelerated development and
growth of worms so that young adult worms may be
observed in the colon by 21 days post-infection, and
increased worm survival within the host302.
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Pathologic Effects and Clinical Disease. Heterakis
spumosa is generally regarded as nonpathogenic. Clinical
signs have not been reported.

Diagnosis. Diagnosis is based on the identification of
eggs in the feces or of adult worms in the large intestine.

Treatment. There is scant literature on treatment of
Heterakis spumosa-infected rodents. In one study, subcuta-
neous injection of 50 or 100 mg/kg into experimentally
infected rats resulted in complete elimination of the infec-
tion303. Other investigators have reported that a combina-
tion of febantel (25 mg/kg) and pyrantel (2.5 mg/kg),
administered orally, acted synergistically to clear the infec-
tion, while either drug alone was ineffective301.

Prevention. Sanitation, vermin control, and procure-
ment of animals from reputable sources prevent entry of
H. spumosa into the modern animal facility.

Public Health Considerations. Heterakis spumosa has
not been reported to infect humans.

Superfamily Oxyuroidea

Aspiculuris tetraptera

Morphology. Aspiculuris tetraptera is morphologically sim-
ilar to Syphacia obvelata304. The males are 2 mm to 4 mm
long and 120 µ to 190 µ wide, with a short conical tail that
is 117 µ to 169 µ long. Both spicule and gubernaculum are
absent. The females are 3 mm to 4 mm long and 215 µ to
275 µ wide, with a conical tail that is 445 µ to 605 µ long.
The eggs are symmetrically ellipsoidal and 70 µ to 98 µ
long by 29 µ to 50 µ wide (Figure 11.32).

Aspiculuris tetraptera and S. obvelata may be differen-
tiated on the basis of shape of the esophageal bulb, size of
cervical alae, position of the vulva in the female, size and
presence or absence of a spicule or gubernaculum in the
male, and size and shape of the egg304. Mixed infections
with S. obvelata are common305. Aspiculuris tetraptera may
also be differentiated from other members of the genus,
though this is not considered practical306.

Hosts. Aspiculuris tetraptera remains common in labo-
ratory mice4. Other rodents are also susceptible to infec-
tion, though generally less so. These include members of
the genera Apodemus, Clethrionomys, Cricetus, Mastomys
(Praomys), Meriones, Microtus, Peromyscus, Rattus, and
others48,307–309.

Life Cycle. The life cycle of A. tetraptera is direct.
Unembryonated eggs are passed in the feces. Unlike in S.
obvelata and S. muris, eggs are not cemented to the peri-
anal skin. Eggs embryonate in the environment, and are



infective in five to eight days at 27°C310. The eggs are
resistant to dessication and many disinfectants, but are
sensitive to high temperatures. Infection is by ingestion of
infective eggs. Larvae hatch and develop in the posterior
colon and then migrate anteriorly and develop to maturity
in the proximal colon. They remain in the lumen of the
intestine and do not invade the mucosa. The prepatent
period is 23 days.

Pathologic Effects and Clinical Disease. Aspiculuris
tetraptera is generally regarded to have no clinical significance.
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No clinical signs are observed in mice infected with
A. tetraptera.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the eggs in fecal floatation preparations or adult
worms in the cecum and colon. Aspiculuris tetraptera may
be eliminated from animal colonies by feeding fenbenda-
zole-medicated feed, as described for the Syphacia spp311.
The longer embryonation time (versus Syphacia spp.) facil-
itates eradication. Other investigators have eliminated A.
tetraptera using 1% ivermectin (2 mg/kg) applied by

Fig. 11.32 Heads, tails, and eggs of the adult female pinworms Syphacia muris (left), Syphacia obvelata (middle), and Aspiculuris tetraptera (right).
Heads and tails photographed at 250 �. Eggs photographed at 400 �. Reproduced from Baker, D.G. (2005) with permission.



micropipette between the scapulae. Two treatments were
administered ten days apart312. Guidelines for preventing
entry of S. obvelata and S. muris (see below) also should
prevent infections with A. tetraptera.

Public Health Considerations. Aspiculuris tetraptera
is not considered a public health hazard.

Syphacia muris

Morphology. Syphacia muris is the common pinworm of
rats. The adult worm has a rounded anterior region and a
tapered posterior region that ends in a sharply pointed tail
(Figure 11.32). Typical of the superfamily, the mouth is sur-
rounded by three distinct lips. The male is 1,200 µ to 1,300
µ long and 100 µ wide. The anterior mamelon is near the
middle of the body. The tail of the adult male is bent ven-
trally. The male worm has a single, long, prominent spicule
and a gubernaculum. The female is 2,800 µ to 4,000 µ long,
with the vulva in the anterior quarter of the body. The egg is
vermiform, slightly flattened on one side, and measures 72 µ
to 82 µ long by 25 µ to 36 µ wide (Figure 11.32). Syphacia
muris closely resembles S. obvelata. The two can be differen-
tiated using morphologic features described for S. obvelata.

Hosts. Syphacia muris primarily infects rats, including
non-domestic species such as the Malaysian wood rat (Rat-
tus tiomanicus)313. Other susceptible hosts include labora-
tory mice, gerbils, and the Syrian hamster314,315. Infections
in laboratory colonies remain common4.

Life Cycle. The life cycle of S. muris is similar to that
of S. obvelata. Adult worms inhabit the cecum and colon.
Eggs are deposited by the female on the perianal area of the
host or in the colon. Unlike S. obvelata, female S. muris
demonstrate periodicity in egg laying, preferentially
depositing eggs in the afternoon316. Eggs embryonate
within hours of release into the environment. Infection of
the rat occurs by ingestion of embryonated eggs from the
perianal area or the cage environment317. Larvae migrate to
the large intestine and mature. The prepatent period is
seven to eight days318. Eggs may remain infective in the
laboratory environment for at least four weeks319.

Pathologic Effects. Like other pinworm infections of
rodents, S. muris is generally considered to be nonpatho-
genic. While overt lesions are not observed, infection with
S. muris is known to alter host physiology. For example,
rats infected with S. muris have impaired intestinal elec-
trolyte transport320 and decreased weight gain321.

Clinical Disease. Other than decreased weight gain,
clinical signs have not been observed in rats infected with
Syphacia muris.
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Diagnosis. Infection with S. muris is diagnosed by
finding adult worms in the large intestine. The cecum is
removed, and opened in a petri dish containing a small
amount of warm water or saline. Within minutes the
worms migrate away from the fecal mass and into the liq-
uid, where they may be observed by using a dissecting
scope or magnifying glass. Antemortem diagnosis is
accomplished by finding eggs on clear tape applied to the
perianal region. Tape tests are best performed in the after-
noon, because perianal egg counts are higher during this
time than in the morning304,316.

Treatment. Pinworms can be surprisingly difficult to
eliminate from the animal facility. While several treatment
strategies have been reported322, the most efficacious and
cost-effective means is providing feed that contains fen-
bendazole (150 mg/kg of feed), given for at least two
weeks322. Fenbendazole not only has larvacidal and adulti-
cidal efficacy, but is also ovicidal323,324. While most clini-
cians advocate simultaneous disinfection of all surfaces
within the animal room, others have found using med-
icated feed to be adequate to eliminate the infection325.

Prevention. Guidelines for preventing entry of S. muris
into the animal facility are similar to those for S. obvelata.
Incoming animals should be treated with fenbendazole-
medicated feed and tape-tests examined prior to shipment
and arrival325. Re-occurrence of infection appears to be
more common when personnel other than professional ani-
mal caretakers are responsible for colony husbandry and
facility sanitation326. Control depends on colony surveil-
lance and strict attention to cleaning protocols that remove
and disinfect potentially contaminated fomites.

Public Health Considerations. Syphacia muris is not
a public health hazard.

Syphacia obvelata

Morphology. Adult male S. obvelata are 1,100 µ to 1,500 µ
long and 120 µ to 140 µ wide, with a long tail bearing a
distinct spicule and gubernaculum. The mouth is sur-
rounded by three simple lips but lacks a buccal capsule.
The anterior end bears small cervical alae while the tail is
bent ventrally. Three cuticular projections (mamelons) are
present on the ventral surface. Adult female worms are
3,400 µ to 5,800 µ long and 240 µ to 400 µ wide (Figure
11.32). The eggs are thin-shelled, unembryonated, cres-
cent shaped, and flattened on one side. Eggs measure 111
µ to 153 µ long by 33 µ to 55 µ wide (Figure 11.32).

Hosts. Syphacia obvelata, the common mouse pin-
worm, is one of the most common parasites of laboratory



mice. Many laboratory mouse colonies were infected until
recently55. Advances in husbandry, and facility design and
attention to pathogen detection and control have greatly
reduced the prevalence of infection, though it remains
high4,305. Laboratory rats are also susceptible to infection
with S. obvelata327. Other susceptible species include ham-
sters, gerbils, voles, mastomys (Praomys coucha), Algerian
mice (M. spretus), and primates, including humans48,327–329.

Life Cycle. Larvae and adult worms inhabit the
cecum and colon. The life cycle of S. obvelata is direct.
Eggs are deposited on the perianal region, where they
embryonate within hours. Infection is by ingestion of
infective eggs from the perineum, or ingestion of contami-
nated food or water. Some have suggested that retrofection
may also occur, but this has not been supported by con-
trolled studies330. The prepatent period is 11 to 15 days304.
Few controlled studies have been done on egg survival. In
one study, eggs were viable on cellophane tape at room
temperature for only 42 hours, and up to 14 days at 1°C to
4°C331. In contrast, eggs of the closely related rat pinworm,
S. muris, may remain infective for at least four weeks under
laboratory conditions319.

Pathologic Effects. No specific enteric lesions have
been attributed to light infections with S. obvelata. In con-
trast, very heavy parasite loads may lead to catarrhal enteri-
tis, hepatic granulomas, and perianal irritation. In spite of
their seemingly innocuous nature, infection with S. obve-
lata can alter host physiology, thereby confounding
research results3.

Clinical Disease. Typically, clinical disease is not
observed in rodents infected with S. obvelata. While infec-
tions are usually subclinical, rectal prolapse, intussuscep-
tion, fecal impaction, poor weight gain, and rough hair
coat have been reported in heavily infected rodents,
although generally without adequate exclusion of other
pathogens332.

Diagnosis. Diagnosis is based on demonstration of
eggs in the feces or on the perianal region, or of adult
worms in the cecum and colon at necropsy. Dependability
of the different diagnostic methods varies widely. In one
study, demonstration of adult worms in the intestine was
the most dependable method (80.8% positive), demon-
stration of the eggs in the perianal region by clear cello-
phane tape the next most dependable (67.1% positive),
and demonstration of eggs in fecal smears the least
dependable (3.2% positive)333. Similar findings have been
reported by others312. The age of the host at the time of
examination is also important. In a study using the perianal
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examination method, the positive rate at three weeks of
age was 30% and at four weeks of age was 100%333. There-
after, the infection rate diminished with age to 80% at five
weeks and only 15% at seven weeks. Other studies have
confirmed the observation that infection rates are maximal
at four to five weeks of age304.

Syphacia obvelata can be differentiated from other
common pinworms of mice and rats (Figure 11.32).
Syphacia obvelata is differentiated from S. muris on the
basis of egg size, adult length, position of excretory pore in
both sexes, position of the vulva in the female, tail length,
and position of the anterior and middle mamelons in the
male304. It is differentiated from A. tetraptera by the
size and shape of the egg, shape of the esophageal bulb, size
of cervical alae, position of the vulva in the female, and
size and presence of a spicule and gubernaculum in
the male333. Mixed infections with A. tetraptera are
common305.

Treatment. Eradication of pinworm infection is com-
plicated by the potential survival of eggs in the environ-
ment, and the ease of movement of eggs throughout the
facility. The most effective method of eradication involves
feeding fenbendazole-medicated feed, similar to that used
to eliminate S. muris from rats325. Several alternative treat-
ment approaches have been described. While some of
these approaches may be equally successful, they are gener-
ally labor intensive322. Eradication efforts are facilitated by
strict adherence to sanitation protocols, including thor-
ough detergent washing of all surfaces and objects associ-
ated with the animal room.

Prevention. Prevention of infection is complicated by
the continued high prevalence of this parasite in laboratory
rodent colonies, and the potentially long survival times of
infectious eggs. Incoming animals should be treated with
fenbendazole-medicated feed and tape-tests examined
prior to shipment and arrival325. Filter top cages greatly
reduce cage-to-cage (aerosol) transmission of S.
obvelata334.

Public Health Considerations. Human infections
with S. obvelata are uncommon. Personnel working with
infected rodents should always practice excellent personal
hygiene.

Superfamily Trichostrongyloidea

Heligmosomoides polygyrus

Morphology. Heligmosomoides polygyrus, formerly known as
Nematospiroides dubius, is a trichostrongylid nematode.



Adult female worms are approximately 9 mm to 12 mm long
and are tightly coiled into a spiral. Adult male worms are
smaller, and measure 4 mm to 6 mm long. The ellipsoidal,
thin-walled eggs measure 70 µ to 84 µ by 37 µ to 53 µ335.

Hosts. Heligmosomoides polygyrus is widely distributed
among wild rodents in North America and Europe.
Recently, its main importance has been as an experimental
model in parasite immunology and screening of
anthelmintics. In that regard, wild and laboratory strains
differ somewhat in their duration of infection; infections
with laboratory strains are relatively short-lived336. Among
mouse strains, C3H mice are more susceptible to chronic
experimental infection, whereas NIH and BALB/c mice
acquire resistance and expel the worms337. Natural labora-
tory infections are rare.

Life Cycle. The life cycle of H. polygyrus is typical of
the family. Eggs passed in the feces hatch in the environ-
ment. Larvae became infective in about four to five
days338. Following ingestion by a suitable host, larvae
travel to the small intestine and mature to the adult stage.
The prepatent period is nine to 12 days339.

Pathologic Effects and Clinical Disease. Natural
infections have been considered to be nonpathogenic.
Experimental infections alter growth trajectories and mor-
phology of neonatal mice340, alter the hemogram in an
iron-responsive manner, and induce splenomegaly338. A
strong Th2-associated immune response rapidly induces
an immediate hypersensitivity reaction that results in
clearing of the parasite341. In mouse strains such as the
FVB, the immune response may be accompanied by
pathological changes in the intestinal mucosa, including
granuloma, decreased villus-to-crypt ratio, increased
mesenteric lymph node, goblet and Paneth cell hyperpla-
sia, and splenic reactivity342. Natural infections are not
associated with clinical signs of disease.

Diagnosis. Infections with H. polygyrus may be diag-
nosed by finding the characteristic eggs in fecal floatation
or by finding adult worms during necropsy.

Treatment. Infections with adult worms may be elim-
inated by treating mice with ivermectin (10 mg/kg SQ),
but higher dosages (20 mg/kg) may be required to elimi-
nate arrested larvae343. Treatment of transgenic or inbred
mice with ivermectin should be attempted
cautiously, because toxicity has been reported in some
strains of mice344. Preferably, infected colonies should be
eliminated.

Prevention. Given the low incidence of H. polygyrus
infection in laboratory mice, the risk of infection is low.
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However, mice should only be procured from reputable
sources.

Public Health Considerations. Heligmosomoides poly-
gyrus is not considered a public health hazard.

Nippostrongylus brasiliensis

Morphology. Nippostrongylus brasiliensis (Syn. Nippostrongy-
lus muris, Heligmosomum muris) is a trichostrongylid nema-
tode in the superfamily Trichostrongyloidea. Adult worms
are slender; the female is 2.5 mm to 6.2 mm long and the
male 2.1 mm to 4.5 mm long. The egg is ellipsoidal and
thin-shelled and measures 52 µ to 63 µ by 28 µ to 35 µ
(Figure 11.33)345.

Hosts. Nippostrongylus brasiliensis is common in the
Norway rat throughout the world. It also occurs naturally,
but much less frequently, in the black rat and rarely in the
mouse. Experimental hosts in which the parasite will attain
sexual maturity include the mouse, hamster, Mongolian
gerbil, rabbit, chinchilla, and to a lesser extent, the cotton
rat. Rat strains differ in their permissiveness to infection,
with albino rats being the most permissive345. The parasite
does not occur naturally in laboratory rodents, and its pri-
mary importance is as a model of immunology, host-para-
site interactions, and anthelmintic testing.

Life Cycle. The life cycle is direct, and similar to that
of H. polygyrus. Eggs passed in the feces hatch within 24
hours and develop into infective larvae in another three to
four days. Infection is normally by larval penetration of the
skin. The larvae migrate through the lungs and then, by
way of the trachea, esophagus, and stomach, to the small
intestine. Eggs are passed in the feces after six days, and
adults live from a few weeks to several months, though
longer-lived infections may occur with laboratory-adapted
strains of N. brasilienis346.

Pathologic Effects and Clinical Disease. Light infec-
tions cause inflammation in the skin, lungs, and intestine,
which subsides after a few days345. Small intestinal epithe-
lial cells are flattened and villi are shortened and fused347.
Severe infections cause verminous pneumonia. Clinical
signs are not evident in light infections. Heavy infections
result in hunched posture, rough hair coat, lethargy, respi-
ratory distress, and death.

Diagnosis, Treatment, and Prevention. Diagnosis
depends on identification of the eggs in feces or adult
worms in the intestine. Animals infected with N. brasilien-
sis should be culled. If that is not possible, avermectins,
benzimidazoles, and other anthelmintics useful for eradi-
cating trichostrongylid nematodes should also be effective



in eliminating N. brasiliensis, though few controlled stud-
ies have been reported. Prevention is through sanitation,
exclusion of wild rodents, and purchase of parasite-free
animals from reputable vendors.

Public Health Considerations. Nippostrongylus
brasiliensis is not considered to be a public health hazard.

Superfamily Metastrongyloidea

Angiostrongylus cantonensis

Morphology. Angiostrongylus cantonensis (Syn. Para-
strongylus cantonensis) is the rat lungworm. Adult worms
are filariform (Figure 11.34). Male worms are 12 mm to
18 mm long, while female worms are 20 mm to 25 mm
long348.

Hosts. Angiostrongylus cantonensis infects rats of the
genus Rattus, and a wide range of other rodents in many
parts of the world349. While infections are more common
in Asia, wild rats living near major harbors elsewhere in the
world are also commonly infected350. Infections have not
been reported in laboratory rats, but could occur where
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wild rats have access to laboratory rodent facilities. Mice
are frequently used as an experimental model of infection.
Susceptible non-rodent species include primates348, fruit
bats351, horses, dogs, opossums (Didelphis virginiana)350,
and others. Adult worms develop in these abnormal hosts,
but infection is typically, though not always, restricted to
the brain.

Life Cycle. The life cycle is indirect. Adults live in the
pulmonary artery of the rat definitive host. Eggs released
into the circulation lodge in small pulmonary vessels,
embryonate, and hatch. Larvae are coughed up, swal-
lowed, and expelled in the feces. Obligate intermediate
hosts include terrestrial, aquatic, and amphibious snails, as
well as slugs352. Development to the infective third-stage
larva occurs in about 17 days. Several animals may serve as
paratenic hosts, including freshwater shrimp, crabs, pla-
narians, frogs, toads, and snail-eating lizards. Following
ingestion by a rat, larvae migrate to the brain and remain
in the neural parenchyma for up to two weeks. From there,
larvae migrate to the subarachnoid space and then migrate
via the venous system to the pulmonary artery, where they
develop to the adult stage. The prepatent period is 37 to 45
days353.

Pathologic Effects and Clinical Disease. Pathologic
effects in the rat are generally limited to the central nerv-
ous system and the lungs, and are associated with reactions
to migrating larvae. Light infections are typically asympto-
matic. Heavy infections result in clinical signs associated

Fig. 11.33 Nippostrongylus brasiliensis. (A) Female. (B) Male. (C) Egg.
Courtesy of W. Taliaferro, Argonne National Laboratory.

Fig. 11.34 Angiostrongylus cantonensis in a squirrel monkey. Cross sec-
tion of a larva surrounded by eosinophilic and granulomatous inflam-
mation with focal hemorrhage in the leptomeninges. Courtesy of Dae
Young Kim, University of Missouri-Columbia.



with central nervous system disease. These may include
weight loss, paralysis, blindness, and death354,355.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis depends on identifying larvae in the feces. Sev-
eral anthelmintics have been effective in eliminating larval
stages of A. cantonensis. These include albendazole356,
mebendazole357, and levamisole358. Adult worms are more
difficult to eliminate358,359. This infection should not
occur in conventional rats, due to the lack of available
intermediate hosts.

Public Health Considerations. Angiostrongylus canto-
nensis represents a significant indirect zoonotic threat as a
cause of eosinophilic meningitis of humans, a serious and
sometimes fatal condition360. However, human infections
require the consumption of raw or undercooked snails or
paratenic hosts.

Angiostrongylus costaricensis

Morphology. Adult worms are filariform, with the body
tapering toward both ends (Figure 11.35). The tail is ven-
trally curved in both sexes. Males are 17 mm to 22 mm
long and females are 28 mm to 42 mm long362.

Hosts. Angiostrongylus costaricensis occurs in wild
rodents in Central and South America. The principal
definitive host is the cotton rat. Other suitable hosts
include the black rat (R. rattus), rice rat (Oryzomys palus-
tris), and others361. Patent infections have occurred in acci-
dental hosts such as New World monkeys, raccoons, and
dogs363,364. The epidemiologic significance of the dog as a
reservoir host is unknown.

Life Cycle. The life cycle of A. costaricensis is similar to
that of A. cantonensis, except that adult worms are in the
subserosal arteries of the cecum and the cranial mesenteric
arteries. Eggs lodge in the capillary plexus of the lamina
propria. First-stage larvae penetrate into the intestinal
lumen and pass out of the body with the feces361. The
prepatent period is 24 days360. Intermediate hosts include
slugs (Vaginulus plebeius and others) and terrestrial snails
(Bradybaena similaris)365. Infective third-stage larvae are
released in mucoid secretions of the intermediate host. In
humans, development culminates with the production
of eggs that hatch and release larvae. These, however, are
trapped inside granulomata in the intestinal wall
and are not released into the feces364. The role of paratenic
hosts for A. costaricensis is less well known than for A.
cantonensis.

Pathologic Effects and Clinical Disease. In mild
infections, adult worms are found in the subserosal arteries
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of the cecum and in the ileocecocolic branch of the cranial
mesenteric artery. As the worm burden increases, worms
are also found higher in the main trunk of the cranial
mesenteric artery, as well as in the jejunal branch361.
Changes in the cecum vary from slight perivascular edema
and discoloration around affected vessels to an enlarged,
thin-walled cecum containing inspissated feces.
Histopathologic changes include focal to diffuse subserosal
edema, atrophy of the mesenteric fat, and enlargement of
the ileocecocolic lymph nodes. Worm eggs and larvae may
be found in the lymph nodes and on the serosal surface or
in all layers of the cecal mucosa. Inflammatory cell infiltra-
tion around eggs and larvae are absent or minimal361. Sim-
ilar parasite stages induce Th-1 mediated granuloma
formation in abnormal hosts, including mice and
humans366. Clinical disease has not been reported in rats.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying first-stage larvae in the feces, adult worms in
the cranial mesenteric artery, and typical eggs and larvae in
cecal mucosa. No information is available concerning
treatment of rodents infected with A. costaricensis.
Anthelmintic treatment of infected humans has not been
effective. This parasite has not been reported in laboratory
colonies, and the obligate intermediate hosts are not avail-
able for consumption in the animal facility. Therefore, no
specific preventive measures are warranted.

Public Health Considerations. Like A. cantonensis, A.
costaricensis represents an indirect threat to human health.

Fig. 11.35 Angiostrongylus costaricensis. (Right) Anterior and (left)
posterior ends of adult females. 125 �. Reproduced from Tesh, R.B.,
Ackerman, L.J., Dietz, W.H., and Williams, J.A. (1973) with permis-
sion.



Inadvertent ingestion of infectious larvae of A. costaricensis
in snail and slug mucoid secretions on vegetables or in the
intermediate hosts themselves leads to the development of
eosinophilic granulomata in the mesenteric arteries of
humans, sometimes with fatal consequences367.

Angiostrongylus spp.

Other Angiostrongylus spp. have been reported in rodents.
These include A. dujardini, which occurs in the pulmonary
arteries and right ventricle of the wood mouse (Apodemus
sylvanticus) and Clethrionomys glareolus368. Angiostrongylus
mackerrasae occurs in rats369. Angiostrongylus (Rodento-
caulus) ondatrae occurs in the muskrat, and A. schmidti is
found in the pulmonary arteries of the rice rat370.

Superfamily Filaroidea

Litomosoides carinii

Litomosoides carinii is a filarial nematode commonly found
in wild cotton rats and in Holochilus brasiliensis nanus, a
small semi-aquatic South American rodent371. Infection
can be experimentally transmitted to laboratory mice and
rats, multimammate rats, and Mongolian gerbils372,373. Lit-
omosoides carinii has been used a model of human filariasis.

Superfamily Trichuroidea

Calodium hepaticum

Morphology. Adult male Calodium hepaticum (Syn. Capil-
laria hepatica, Hepaticola hepatica) measure 17 mm to 32
mm in length by 40 µ to 80 µ in width. Females reach 100
mm in length and 200 µ in width. Both sexes have a short,
anterior, muscular esophagus attached to a long, glandular
portion. The male has a lightly cuticularized terminal
spicule up to 500 µ long, a protrusible spicule sheath that
forms a funnel-shaped dilatation, and a blunt tail with a
pair of subventral lobes. The vulva of the female lies poste-
rior to the end of the esophagus. Eggs have bipolar plugs
and are 48 µ to 62 µ long and 29 µ to 37 µ wide374 (Figure
11.36). Eggs are similar to those of other trichurids, but
differ in that their shell contains many small perforations
and appears striated by rod-like structures.

Hosts. Calodium hepaticum occurs in the liver of a wide
range of hosts throughout the world. It is common in wild
rodents, especially in wild rats375,376, and occurs occasionally
in other wild mammals, including simian primates, and
rarely in the woodchuck (Marmota monax), rabbit, dog, cat,
other domestic animals, and humans. Several rodent species
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may be infected in the wild, or experimentally in the labora-
tory. However, C. hepaticum has not been reported in com-
mercially produced or laboratory-reared mice or rats.

Life Cycle. Eggs are deposited in the liver tissue, but
are not released until either the tissue is eaten by another
host and eggs are liberated and passed in the feces, or until
the first host dies and the liver decomposes. Eggs embry-
onate in four to six weeks after exposure to air. Infection
occurs only when embryonated eggs are ingested.
They hatch in the intestine, and infective larvae penetrate
the intestinal mucosa and pass via the portal system to
the liver, where they develop to maturity in about 30 days.
Male worms disappear from the liver around 33 days post-
infection, leaving only female worms packed with eggs377.

Pathologic Effects and Clinical Disease. The liver
surface of infected animals contains white or yellow
patches or nodules. Histologically, these are seen to con-
tain the nematode and numerous eggs378. These large clus-
ters of eggs cause localized liver damage and scarring378.
Despite hepatic pathology, infection with C. hepaticum
does not appear to affect the general health of rodents.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on demonstration of the parasite and the typical eggs
in histologic sections of liver. Infected laboratory rodents
should be culled from the colony or rederived parasite-free.
Because of the unusual life cycle of this parasite, natural
transmission in the laboratory is unlikely. Entry, death,
and cannibalism of wild rodents could result in small
numbers of cases within the animal facility.

Public Health Considerations. This parasite is patho-
genic for humans, in which parasite eggs cause granuloma-
tous lesions in the liver379. However, cases of human
infection are rare, and generally occur in children one to
five years of age. Transmission to animal facility staff is
unlikely and special precautions should not be necessary.

Capillaria spp.

Several species of capillarids occur in the gastrointestinal or
urinary tracts of mice and/or rats. C. annulosa infects the
small intestine of rats; C. bacielata infects the esophagus of
rats and mice; Capillaria gastrica infects the stomach of
rats, mice, and voles; and C. intestinalis and C. tavernae
infect the intestine of rats. Species in the urinary bladder of
rats include C. papillosa and C. prashadi272.

Trichuris arvicolae

Trichuris arvicolae is a whipworm of bank voles, field
voles (Microtus agrestis), and common voles (M. arvalis).



Trichuris arvicolae is biologically and morphologically sim-
ilar to T. muris, and can be reliably differentiated from the
latter species by morphologic comparison of egg size and
vaginal length and by endonuclease restriction
mapping380. Eggs of T. arvicolae are 67 µ to 79 µ long and
31 µ to 43 µ wide381. Males of the two species are nearly
identical, though subtle differences in spicule morphology
exist381.

Trichuris muris

Morphology. Trichuris muris is morphologically similar to
T. arvicolae, and can be reliably differentiated from the lat-
ter by morphologic comparison of egg size and vaginal
length. Eggs are 62 µ to 68 µ long and 28 µ to 32 µ
wide381. Males of the two species are nearly identical,
though subtle differences in spicule morphology exist381.
The two species can also be differentiated by endonuclease
restriction mapping380.

Hosts. Trichuris muris has been identified from 18
genera of rodents from the following families: Arvicolidae,
Bathyergidae, Cricetidae, Echimyidae, Hystrichidae,
Muridae, and Sciuridae381. Infection is common in wild
rats77 but uncommon in wild mice382.

Life Cycle. The life cycle of T. muris is direct. Adult
worms are intra-epithelial in the cecum and colon, where
worms excavate intra-epithelial tunnels383. The tunnel is a
syncytium of enterocyte origin and is induced by secretion
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of digestive enzymes from the region of the worm head.
The worm appears to feed upon the syncytial proto-
plasm384. Eggs are passed in the feces and embryonate in
the environment within two months385. Eggs hatch fol-
lowing ingestion, releasing infectious first-stage larvae385.
Larvae establish in the cecal and colonic mucosa and molt
through larval stages to the adult stage. In most mouse
strains, the development of immunity to T. muris results in
expulsion of adult worms (“self-cure”) and resistance to re-
infection. In this regard, T. muris serves as a model of intes-
tinal nematode infection386.

Pathologic Effects and Clinical Disease. Infection
with T. muris results in minimal intestinal pathology. Infec-
tion with T. muris is not reported to cause clinical disease.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by histologic identification of the parasite in the host
intestinal tract and by identifying characteristic trichurid
parasite eggs in the feces. Infections may be eliminated
with oxantel (25 mg/kg once) or with mebendazole (50
mg/kg orally for two treatments given on consecutive
days)387. Natural infections of laboratory animals have not
been reported. Regardless, entry of wild rodents could
result in this species entering the laboratory animal colony.

Public Health Considerations. Trichuris muris is not
known to infect humans and therefore is not considered a
public health threat.

Trichuris spp.

Several other Trichuris spp. have been recovered from
rodents. From North America, these include T. dipodomys,
T. fossor, T. madisonensis, T. neotomae, T. opaca, and T. per-
omysci. From Africa, these include T. carlieri, T. contorta, T.
gerbillis, T. gundii, T. parvispicularis, and T. vondwei.
Trichuris petrowi occurs in the Asian part of Russia381. Rel-
atively little is known of these species.

Trichosomoides crassicauda

Morphology. Trichosomoides crassicauda is a hairlike worm
in the superfamily Trichuroidea. It is known as the “blad-
der threadworm”. The female worm is about 10 mm long
and 200 µ in diameter. Its small size makes it difficult to
see without the aid of a dissecting microscope. The male is
much smaller than the female, and measures only 1.5 mm
to 3.5 mm in length, and is a permanent hyperparasite
harbored within the reproductive tract of the female (Fig-
ure 11.37)388. Eggs are embryonated when passed, oval,
brown with a thick shell and bipolar plugs, and measure 60
µ to 70 µ by 30 µ to 35 µ (Figure 11.38).

Fig. 11.36 Calodium hepaticum eggs in tissue section. Courtesy of
E.F. Staffeldt, Argonne National Laboratory.



Hosts. Trichosomoides crassicauda is a common uri-
nary tract parasite of wild rats77, and was reported recently
in a pet rat389. It should be noted that the source of that
infection may actually have been a laboratory animal facil-
ity, though this seems unlikely389. Many years ago T. crassi-
cauda was regularly found in laboratory rats; however, this
is no longer the case.

Life Cycle. Adult female worms occur free in the uri-
nary bladder or live in the wall of the urinary bladder and
occasionally the upper ureter and renal pelvis (Figure
11.39). Embryonated eggs are passed in the urine. These
can survive in the environment at room temperature for
up to 52 days390. Infection is by ingestion of embryonated
eggs. The primary means of transmission is from adult rats
to offspring prior to weaning391. Eggs hatch in the stom-
ach, and larvae penetrate the stomach wall and within a
few hours are carried by the blood to the lungs and other
parts of the body. Most larvae die; only those that reach the
kidneys or urinary bladder survive392. The complete life
cycle requires eight to nine weeks, with the prepatent
period as short as 55 days. Typically however, eggs are not
usually present in the urine of rats infected as neonates
until eight to 12 weeks of age391. Infection is more com-
mon in male rats than in females393.

Pathologic Effects. Trichosomoides crassicauda is
mildly pathogenic. Embedded female worms cause the for-
mation of white masses measuring about 3 mm by 0.8
mm. Histologic examination of these lesions reveals
epithelial hyperplasia with a noticeable lack of inflamma-
tion, suggesting that the relatively avascular hyperplastic
epithelium may represent an immunologically protected
site394, though serologic responses have been detected395.
Worms are seen lying on, or embedded in, the mucosa
(Figure 11.40). Other lesions include nephritis, pul-
monary granuloma formation, and eosinophilia396.

Clinical Disease. Natural infection with T. crassicauda
usually is unapparent. Urinary calculi and bladder tumors
have been associated with T. crassicauda infection, but a
causal relationship has not been established397.

Diagnosis. Diagnosis of the infection is by demonstra-
tion of the parasite in the urinary bladder or in histologic
sections of the bladder wall, or by demonstration of the
characteristic eggs in the urine. Antemortem urine exami-
nation may be facilitated by filtering collected urine
through a prefilter391. Given the rarity of infection, how-
ever, urine is not commonly examined. Therefore, diagno-
sis most often depends on examination of the urinary
bladder at necropsy. Other, more labor-intensive methods

346 FLYNN’S PARASITES OF LABORATORY ANIMALS

include cryostat sections of the urinary bladder stained with
acridine orange and viewed under a fluorescence micro-
scope, as well as stabilization of the bladder surface prior to
examination using scanning electron microscopy398.

Treatment and Prevention. Ivermectin (3 mg/kg of a
0.4% w/v solution) administered orally has been shown to
be effective for eliminating the infection399. Prevention
depends on procurement of high-quality animals from
reputable sources, and exclusion of wild rats and those
associated with the pet trade.

Public Health Considerations. Trichosomoides crassi-
cauda is not considered a public health hazard because it
does not infect humans.

ACANTHOCEPHALA

Acanthocephala have always been extremely rare in lab-
oratory rodents, even before modern improvements in

Fig. 11.37 Trichosomoides crassicauda. (Left) Mature female with male
(m) as a permanent hyperparasite in uterus. (Right) Immature female
with male in vagina. Reproduced from Yorke, W. and Maplestone, P.A.
(1926) with permission.



laboratory animal husbandry. However, breaks in vermin
control may permit the introduction of acanthocephalan
parasites into the laboratory animal colony.

Moniliformis moniliformis

Morphology. Moniliformis moniliformis (Syn. Moniliformis
dubius) has a thick, rounded, annulated body (Figure
11.41). Males are 6 cm to 8 cm long, and females 10 cm to
32 cm long. The proboscis is club-shaped or cylindrical
and armed with several rows of distinctive crescentic
hooks. The egg is 90 µ to 125 µ by 50 µ to 62 µ and
embryonated when passed in the feces (Figure 11.42)400.

Hosts. Moniliformis moniliformis occurs in wild Nor-
way and black rats, and in other rodents throughout the
world. It is most common in tropical and subtropical
regions, especially where the cockroach intermediate host
is plentiful. It is less common in temperate regions. Entry
into modern animal facilities is extremely unlikely.

Life Cycle. The adult worm inhabits the intestinal
tract of the rodent host. Eggs pass out of the body in the
feces. These are ingested by a suitable arthropod interme-
diate host and hatch in the gut as larvae (acanthors), which
penetrate the gut wall, develop into immature acanthellas,
and then become infective acanthellas or cystacanths in the
hemocoel of the intermediate host401. The cystacanth is
released when the infected intermediate host is ingested by
a rodent. The acanthella escapes from the cyst, attaches to
the gut wall, and grows into an adult worm in the anterior
small intestine. Suitable intermediate hosts include several
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Fig. 11.38 Trichosomoides crassicauda eggs. Reproduced from Haber-
mann, R.T. and Williams, F.P. Jr. (1958) with permission.

Fig. 11.39 Trichosomoides crassicauda females in the bladder of a rat.
Courtesy of J.M. Tufts, Ralston Purina Company.

species of cockroaches402, including the American cock-
roach (Periplaneta americana), in addition to various
beetles. Development from egg to infective acanthella in
the intermediate host requires approximately seven weeks,
while development of infective acanthella to adult worms
in the definitive host requires 31 to 38 days403. Female
worms each release about 5,500 eggs per day, or about
600,000 eggs over the course of a 106-day patent
period404.

Pathologic Effects. The adult worms localize to a
small portion of the rodent small intestine. Infections pro-
duce mild thickening of the gut mucosa, with inflamma-
tion of the lamina propria, goblet and Paneth cell
hypertrophy, and copious production of sulphomucins
and sialomucins. Necrosis and penetration of the intestinal
wall, with secondary peritonitis, may occur with heavy
infections405,406. Experimental infection alters stress hor-
mone levels in rats407.

Clinical Disease. Clinical signs of infection are
uncommon, but can include systemic disease secondary to
penetration of the intestinal wall.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the identification of either the eggs in the feces or
adult worms in the intestine at necropsy. There is no docu-
mented treatment for M. moniliformis in rats. Human
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infections have been treated with pyrantel pamoate408.
Infected colonies should be culled or rederived and vermin
control measures instituted. Sanitation and insect control
prevent the completion of the life cycle and the entry of
the parasite into the research colony. Proper cleaning after
an outbreak is essential, because the embryonated egg may
remain infectious for cockroaches for years under optimal
environmental conditions409.

Public Health Considerations. Human infections
have been reported408. Humans can become infected only
by ingestion of an infected invertebrate host, usually a
cockroach.

ARTHROPODS

Improvements in animal facility design, construction, and
operation have contributed to a great reduction in the
number of free-living facultative, as well as obligate exter-
nal, parasites. These improvements directly benefit labora-
tory animal health, interrupt the life cycles of parasites
with arthropods as intermediate hosts, and reduce expo-
sure of animal facility personnel to arthropod pests. Occa-
sionally, however, structural problems in the facility, breaks
in sanitation procedures, or other lapses in standard oper-
ating procedures may permit entry of arthropod parasites.

Fig. 11.41 Moniliformis moniliformis male. Anterior end at top.
Reproduced from Olsen, O.W. (1967) with permission.

Fig. 11.42 Moniliformis moniliformis egg. Reproduced from Moore,
D.V. (1946) with permission.

Fig. 11.40 Trichosomoides crassicauda in the lumen and mucosa of the
urinary bladder of a rat. Reproduced from Habermann, R.T. and
Williams, F.P. Jr. (1958) with permission.



Class Insecta

Several insects commonly parasitize wild rats and mice.
Lapses in facility sanitation procedures; loss of the struc-
tural integrity of the facility; and entry of incoming
rodents (wild or domestic), other animals, or personnel
may allow insects to enter even the modern laboratory ani-
mal facility.

Order Diptera (flies)

Although many flies (Diptera) cause disease in vertebrate
animals, few are important pathogens for laboratory rats
and mice. Parasitism caused by larval flies is highly varied
and characteristically temporary. Continued parasitism of
laboratory rodents requires repeated contacts or invasions
from outside the laboratory.

Cuterebra sp.
Morphology. Cuterebra sp. are also known as rodent bot-
flies. Adults superficially resemble bumblebees. They are
large, robust, hairy flies with uniformly dark wings and are
15 mm to 30 mm long. Many species have conspicuous
white markings that contrast with an overall black or blue-
black coloration. Eggs are yellow and 1 mm long; the first-
stage infective larva is minute and spindle-shaped. The
second-stage larva is 5 mm to 20 mm long, and the third
larval stage is 30 mm long (Figure 11.43).

Hosts. The genus Cuterebra contains more than 40
species, all of which occur in the Western Hemisphere.
Most species show a high degree of specificity to both host
and site of larval development on the host. Wild rodents,
lagomorphs, and primates native to the Western Hemi-
sphere are the natural hosts. Other rodents, including lab-
oratory rats and mice, domestic animals, and humans may
serve as accidental hosts. Only partial larval development
may occur in some accidental hosts410.

Common North American species include C. angus-
tifrons, C. approximata, C. austeni, C. fontinella, C. grisea,
C. latifrons, C. neomexicana, C. polita, and C. tenebrosa,
which affect deer mice, wood rats, and related wild
rodents; C. emasculator, which affects squirrels; and C.
cuniculi, C. horripilum, C. jellisoni, C. lepivora, C. princeps,
and C. ruficrus, which affect the cottontail rabbit and
hares411–414. Infestation is common in rodents obtained
from their natural habitats.

Life Cycle. Cuterebra adults are not parasitic. Gravid
females often enter buildings through ground-level open-
ings and deposit their eggs either singly or in broken rows
near a host, but not on the host itself. The eggs hatch in
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one to two weeks under temperate conditions, about
25°C. Infective larvae generally enter the host through the
nares and mouth415. The larvae apparently migrate
through connective tissue and, after about one week,
appear in the subcutaneous tissue. A small opening in the
host’s skin is produced at the posterior end of the larva for
breathing and excretion. The larva molts and grows rapidly
in the next two to three weeks, which induces a large sub-
cutaneous cyst (warble) to develop. When fully grown, the
third-stage larva enlarges the warble pore, backs out of the
cyst, drops to the bedding, cage floor, or ground, and
pupates. The total period of larval development lasts three
to five weeks415. Pupal development takes up to four to six
months if it is interrupted by winter diapause. Adult flies
will not mate in a building, so continuing laboratory infes-
tation is not likely. The incidence of cuterebriasis is great-
est during the summer and fall in temperate regions.

Pathologic Effects. Cuterebra larvae produce subcuta-
neous cysts in affected hosts. There are usually one to three
larvae per host416. They produce little lasting pathology in
native hosts. Chronic inflammation occurs around the
cyst, but healing is usually rapid once the larva emerges417.
Secondary infection is uncommon. Anemia, reduced
hemoglobin, leukocytosis, and splenomegaly have been
observed416,417. The pathologic effects are more severe in
non-native hosts such as the laboratory rat, mouse, and
others410. Extensive inflammation, secondary infection,
and protracted healing of cysts are common, and larval
migration and development tend to be erratic410.

Clinical Disease. Clinical signs of disease are gener-
ally associated with warble formation, accompanying
inflammation, and secondary bacterial infection. Death of
the host sometimes occurs about one week after infective
larvae reach the site of warble development, or when the
mature larvae emerges410.

Diagnosis. Diagnosis is based on recovery of charac-
teristic larvae from dermal cysts. Generally, there is only
one larva per cyst. Accurate species identification cannot
be made from larval or egg morphology.

Treatment. Rodent botfly infection is treated by sur-
gically removing larvae from the dermal cysts, flushing the
cyst cavity with antiseptic solution, and applying antibi-
otic ointment.

Prevention. Preventing entry of rodent botflies into
the animal facility is achieved by insect-proofing animal
buildings. In temperate areas, hosts obtained from their
natural habitat should be examined carefully for evidence
of external parasites and treated appropriately.



Public Health Considerations. Cuterebra infection
has been reported in humans418, but is uncommon.
Infected laboratory animals are not a direct hazard to per-
sonnel.

Oestromyia leporina
Morphology. Adults of Oestromyia leporina, also known as
the Old World rodent botfly, have an overall blue-black
appearance, with an orange and yellow head. Larvae are 12
mm to 15 mm long and plump, and have bands of pale,
flattened spines on all segments (Figure 11.44).

Hosts. Larvae of O. leporina are common dermal,
cyst-producing parasites of voles, rabbits, and the muskrat
in Europe, and have been reported in Asian pikas
(Ochotona sp.)419,420.

Life Cycle. The life cycle is similar to that of Cuterebra
except that gravid females oviposit directly on their hosts
and larvae penetrate intact skin421. In Europe, the adult
flight season and egg-laying occur in late summer. The
pupa phase can last up to 10 months421.

Pathologic Effects. Larvae occur singly in cutaneous
cysts, with usually only one larva per host. There is little
inflammation, and the cyst heals within about three weeks
after the mature larva has emerged422.

Clinical Disease. Clinical signs are generally limited
to the cutaneous cyst. Other signs may occur if cyst devel-
opment occurs in an aberrant location.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on demonstration of the parasite in cutaneous cysts.
Treatment is as described for Cuterebra. As described for
Cuterebra, entry of rodent botflies into the animal facility
is prevented by insect-proofing animal buildings. Because
females oviposit directly on hosts, screening is an effective
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method of prevention. In endemic areas, hosts obtained
from their natural habitat should be examined carefully for
evidence of external parasites at the time of entry into the
facility.

Public Health Considerations. There are no reports
of infestation of humans with O. leporina.

Order Phthiraptera (lice)

Hoplopleura spp.
Morphology. Hoplopleura acanthopus, H. captiosa, and H.
pacifica are sucking lice of wild rats and mice. Hoplopleura
sp. (Figure 11.45) are slender lice, 1 mm to 2 mm long, and
have seven to eight lateral abdominal plates. Each plate is
large and rectangular. The abdomen also has numerous
ventral plates, and each abdominal segment usually bears
two to three dorsal plates. The eggs are oval, about 0.5 mm
long, and are attached to hairs by the female with a drop of
cement423. The three nymphal stages have a characteristic
heart-shaped abdomen but usually lack spiracles424,425.

Hosts. Hoplopleura acanthopus is found on meadow
voles, red-backed mice (Clethrionomys rutilus), deer mice,
European field mice (M. minutus), lemming mice (Synap-
tomys sp.), and pine mice (Pitymys sp.) throughout the
world and is occasionally found on the house mouse426,427.
Infestation of laboratory mice has not been reported
recently. Hoplopleura captiosa infests the house mouse. It
occurs globally425,428. Hoplopleura pacifica, or the tropical
rat louse, is a parasite of black rats, Norway rats, and other
wild rats throughout the world429,430.

Life Cycle. The life cycle is poorly understood, but is
probably similar to Polyplax sp., with transmission by
direct contact.

Fig. 11.43 Cuterebra, third-stage larva. Courtesy of E.P. Catts, University of Delaware.



Pathologic Effects and Clinical Disease. The patho-
logic effects of Hoplopleura are similar to those described
for Polyplax. Hoplopleura acanthopus transmits Brucella
brucei, a common pathogen of small field rodents431. Clin-
ical signs are likely as described for Polyplax.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as described for Polyplax.

Public Health Considerations. These lice are of no
known direct public health importance, but can transmit
murine typhus and other human pathogens430.

Polyplax serrata
Morphology. Polyplax serrata is the common mouse louse.
Adult females are slender and about 1.5 mm long. Males
are thicker and shorter (1 mm) (Figure 11.46). Adults of
both sexes may be seen without magnification. The head
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resembles P. spinulosa. The ventral thoracic plate is nearly
triangular (versus pentagonal for P. spinulosa). The
abdomen has seven lateral plates on each side and seven to
13 dorsal plates. The first lateral plate is divided. The setae
of the fourth lateral plate are unequal in length; the dorsal
one is much longer than the ventral one (versus equal
lengths for P. spinulosa). Eggs are elongated, have a cone-
like operculum with a row of pores along the cone, and are
attached near the base of hair shafts.

Hosts. Polyplax serrata has been reported from wild
and laboratory mice2,432. Infestation with P. serrata was not
detected in a recent survey of more than 14,000 mice sub-
mitted to a commercial diagnostic laboratory4.

Life Cycle. The life cycle is similar to that of P. spinu-
losa433. Eggs hatch in five to six days. After hatching, first-
stage nymphs may be found widely distributed over the
body surface. More mature stages of nymphs, as well as the
adults, generally favor the anterior dorsum of the host433.
Nymphal stages may be identified by setal arrange-
ments433, and develop to the adult stage in seven days. The
average minimum life cycle is 13 days433. Louse popula-
tions are constrained by the development of a host

Fig. 11.44 Oestromyia leporina larva (insets). Posterior spiracles (left)
and typical spine (right). Courtesy of E.P. Catts, University of
Delaware.

Fig. 11.45 Hoplopleura acanthopus female, ventral view. Courtesy of
K.C. Kim, Pennsylvania State University.



immune response and by host grooming behavior434,435.
Transmission from host to host is by direct contact. Female
mice use olfactory cues to discriminate between P. serrata-
infected and -uninfected male mice in an oxytocin-depen-
dant manner, and exhibit a preference for the odor of
uninfected males436.

Pathologic Effects. Because this is a blood-sucking
louse, heavy infestation with P. serrata may cause anemia
and debilitation. Histopathologic findings are compatible
with Type-I hypersensitivity437. These changes are largely
immune mediated, involve both immediate and delayed
responses, and restrict louse populations435,438. Arthropod-
borne infections transmitted by P. serrata are known to
include Eperythrozoon coccoides and Francisella tularensis439.

Clinical Disease. Heavy infestations with P. serrata
cause erythema, pruritus, self-trauma, loss of condition,
and occasionally, death437.

Diagnosis. Diagnosis is by direct examination of the
pelage of dead or anesthetized mice under a bright light and
dissecting microscope. The pelage should be examined under
low power, focusing on the epidermal surface. The hair over
the dorsum, nuchal crest area of the skull, dorsal neck region,
and area between the scapulae generally yield the most para-
sites. The hair in these areas should be parted and examined
for moving or stationary lice and for viable or hatched egg
cases. An alternate method for detecting lice involves placing
the euthanized mouse on a sheet of black paper surrounded
by clear adhesive tape, sticky side up. After an overnight wait,
discard the carcass and examine the paper under a dissecting
microscope for lice and other arthropod parasites.

Treatment. Polyplax serrata may be eliminated
through rederivation or chemical treatment. Rederivation
procedures are labor intensive, may put valuable stock at
risk, and may slow or halt research efforts, but are highly
effective. Historically, chemical treatments have been
applied as dusts, insecticidal powders, or dips. These are
labor intensive and often not 100% effective. Among
chemical treatments available, the pyrethroids, such as per-
methrin, are effective and generally safe. Pyrethroids may
be applied as dips or sprays. They should be applied twice,
14 days apart440. Pyrethroids may be fatal to mice if over-
dosed441. The insecticide fipronil effectively eliminates lice
when applied twice, 10 days apart, to the mouse’s entire
body440. However, fipronil has been reported to increase
plasma progesterone, decrease plasma estrogen levels, and
lengthen the estrous cycle of female Wistar rats442. Iver-
mectin administered at 200 to 400 µg/kg is also effective in
controlling lice on mice440.
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It should be noted that the avermectins may affect
host physiology and/or cause toxicity in a number of
inbred or genetically modified mouse strains443. For
example, ivermectin has anticonvulsant properties444, is
neurotoxic in P-glycoprotein deficient CF-1 mice445, and
causes neurologic signs and occasional death in C57BL
mouse pups344. Ivermectin also alters sensitive behaviors in
some mouse strains, including exploration of a novel open
field, the acoustic startle reflex, and the prepulse inhibition
of the acoustic startle reflex, a measure of sensory gating446.

Prevention. Mice should only be obtained from
sources shown to have stock free of ectoparasites. Wild
mice should be excluded from the animal facility.

Public Health Considerations. Polyplax serrata is not
considered to be a direct public health hazard. However,
like P. spinulosa, P. serrata could potentially serve as a vector
for some blood-borne human pathogens.

Polyplax spinulosa
Morphology. Polyplax spinulosa is known as the spined rat
louse. It is most commonly found in the fur of the

Fig. 11.46 Polyplax serrata female, ventral view. Courtesy of K.C.
Kim, Pennsylvania State University.



midbody, shoulders, and neck. It is slender, yellow-brown,
and 0.6 mm to 1.5 mm long. The head is rounded, lacks
eyes, and bears two five-segmented antennae. There is also
a long hair on the posterior angle of the head. The third
segment of the male antenna bears a pointed apophysis.
The ventral thoracic plate is pentagonal. The abdomen has
seven lateral plates on each side and seven to 13 dorsal
plates. The first lateral plate is divided. The setae of the
fourth lateral plate are almost the same length. The eggs
are elongated and have a cone-like operculum with a row
of pores along the cone.

Hosts. Polyplax spinulosa (the “spined rat louse”) is the
common louse of both laboratory and wild rats. Suscepti-
ble rat species include both R. norvegicus and R. rattus77,447.
Several species of closely related murine rodents, including
mice, voles, and other species of wild rats, can be
infested448,449. Polyplax spinulosa may also infest guinea
pigs450. As a group, however, lice tend to be more host-spe-
cific than many other external parasites. Infestation of lab-
oratory rats has become rare with improvements in
husbandry and veterinary standards.

Life Cycle. Eggs are laid and fastened to the hair near
the skin. Eggs hatch in five to six days. Nymphs emerge
from the operculum and undergo three molts to the adult
stage. The three nymphal stages resemble adults but are
paler and lack reproductive organs. The entire life cycle
takes place on the host and is completed in 26 days. Adults
survive 28 to 35 days. Transmission between animals is by
direct contact.

Pathologic Effects. Polyplax spinulosa is a blood-suck-
ing louse; heavy infestation may result in dermatitis and
anemia. Rats may be concurrently infested with mites that
may contribute to skin pathology. This louse serves as a
vector of Brucella brucei, Borrelia duttoni, Mycoplasma
haemomuris (formerly Haemobartonella muris), Rickettsia
typhi, and Trypanosoma lewisi.

Clinical Disease. Rat genetic background has been
shown to affect the degree and duration of pediculosis451.
Infested animals may develop an unthrifty appearance,
constant scratching and irritation, restlessness, and debili-
tation. Eventually, infestation may induce partial immu-
nity through exposure to a louse midgut epithelial protein,
resulting in decreased louse burdens451.

Diagnosis. Diagnosis is achieved by finding and iden-
tifying adult lice, nymphs, or eggs on the fur.

Treatment. Several insecticides have been used suc-
cessfully to treat pediculosis. Effective formulations have
included dusts, sprays, and dips. Although lice do not
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usually leave the host, treatments should be applied both
to the animals and to their bedding. Virtually all insecti-
cides formulated for treatment of pediculosis in veterinary
species should be effective in eradicating P. spinulosa. Iver-
mectin administered by subcutaneous injection at a dosage
of 600 µg/kg is also effective452.

Prevention. Entry of P. spinulosa into the animal
colony can be prevented by purchasing parasite-free rats,
using effective quarantine procedures, and excluding ver-
min. Insecticide treatment and sanitation are effective con-
trol measures if infestation occurs.

Public Health Considerations. Polyplax spinulosa is not
considered to be a direct public health risk. However, as an
arthropod vector of human blood-borne pathogens, caution
is warranted when working with infested wild rats or with
laboratory rats infested from wild populations of lice.

Order Siphonaptera (fleas)

Fleas should not be found in modern, well-managed ani-
mal facilities. However, they may gain access to the facility
through vectors such as animal caretakers, incoming labo-
ratory animals, or wild rodents; or they may enter on
fomites such as contaminated feed or bedding bags. While
most species of flea have host preferences, they are not
strictly host-specific. The following section will focus on
fleas which preferentially infest rodents.

Leptopsylla segnis
Morphology. Leptopsylla segnis, also known as the “mouse
flea”, is small, (1 mm to 2 mm long) and is distinguished
from other fleas by a pair of spiniform bristles on each side
of the frons and four blunt teeth in the genal comb (Figure
11.47).

Hosts. Leptopsylla segnis is a common parasite of
house mice throughout the world. It also occurs frequently
on Norway rats, black rats, European field mice, and wild
guinea pigs (Cavia aperea)447,450,453. Leptopsylla segnis has
been found on a high percentage of wild rodents in Europe
and in urban areas of the United States454.

Life Cycle. The life cycle is similar to Ctenocephalides
of dogs and cats, except that the larval stages of L. segnis are
usually limited to the nest or burrow of the rodent host,
where flea eggs accumulate. Eggs hatch, releasing larvae
that grow and molt through three larval stages. Larvae feed
on adult flea feces. The third larval stage spins a cocoon
and metamorphoses (pupates) into adult fleas. Adults
emerge from the cocoons in three to four weeks. Adult
fleas repeatedly pierce the skin and feed on the blood of



their hosts263. Flea populations are generally highest in the
spring450 and increase with rats’ age and body size447. Adult
female fleas live an average of about 23 days, and as long as
51 days, whereas adult males live an average of about 19
days, and as long as 37 days455. Female fleas may lay more
than 400 eggs during their lifetime456.

Pathologic Effects and Clinical Disease. The patho-
logic effects of this flea on its natural host are unknown.
Clinical signs have not been reported for rodents. Moder-
ate to severe infestations could be expected to affect growth
rates and overall body condition, and could lead to death.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by identifying the flea on the host. Presumably,
preparations typically useful for eliminating infestations
with Ctenocephalides sp. on dogs and cats would also be use-
ful for eliminating this parasite from rodent colonies. The
environment of the animal room should also be thoroughly
sanitized to eliminate eggs and the source of the infestation
identified and eliminated. Flea infestation is prevented
through proper storage and inspection of feed and bedding
bags, exclusion of wild rodents, procurement of research
animals from approved sources, effective quarantine proce-
dures, and personal hygiene of facility personnel.

Public Health Considerations. This flea is an inter-
mediate host for the tapeworms Hymenolepis diminuta and
Rodentolepis nana. Leptopsylla segnis is also capable of trans-
mitting the agent of typhus (Rickettsia)457, and possibly
also the virus that causes hemorrhagic fever with renal syn-
drome. The latter, however, is only likely to be transmitted
mechanically without propagation in the flea host458.

Nosopsyllus fasciatus
Morphology. Nosopsyllus fasciatus, the Northern rat flea, is
1.5 mm to 2.5 mm long and is a rich amber color. It is dis-
tinguished from other fleas by the absence of a genal comb,
by the presence of a pronotal comb, and by the number of
teeth in the pronotal comb (Figure 11.48).

Hosts. Nosopsyllus fasciatus occurs on various species
of wild rats and mice throughout the world, including the
Norway rat, black rat, and house mouse. It is the flea that
is most frequently found on wild rats in Europe, and it is
common on wild rodents from urban areas in the United
States454. Although it has not been reported from rodents
raised in the laboratory setting, it could be introduced on
rats and mice obtained from their natural environment or
through entry of wild rodents into the animal facility77.
Rarely, N. fasciatus is recovered from hamsters and from
non-rodent hosts, including cats and dogs459.
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Life Cycle. The life cycle is similar to that of Cteno-
cephalides except that the larval stages are usually limited to
the nest or burrow. Adults are most plentiful during the
cooler months of the year.

Pathologic Effects and Clinical Disease. Little is
known of the pathologic effects and clinical disease caused
by N. fasciatus. It is likely that these aspects are similar to
those found in other flea infestations. Nosopsyllus fasciatus
is a vector of Trypanosoma lewisi and T. duttoni, and is an
intermediate host for the tapeworms Hymenolepis dimin-
uta and Rodentolepis nana.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by identifying the parasite on the host. Treatment
regimens effective for eliminating Ctenocephalides sp. from
dogs and cats should also effectively eliminate N. fasciatus
from rodents. Procurement of parasite-free animals from
reputable sources, exclusion of wild rodents, as well as
inspection, isolation, and routine treatment of all newly
acquired wild rodents captured in their native environ-
ment prevent entry of this parasite into the animal facility.

Public Health Considerations. Because this flea is an
intermediate host for the tapeworms H. diminuta and R.
nana, it is a potential hazard for animal workers. It is also
an important vector for the agents of plague (Yersinia
pestis) and typhus (Rickettsia). The bite of this flea is irritat-
ing to humans and causes a reaction similar to that
caused by the bites of the Xenopsylla cheopis and Cteno-
cephalides sp.

Xenopsylla cheopis
Morphology. Xenopsylla cheopis, also known as the “Orien-
tal” or “Indian” rat flea, is similar in size to Ctenocephalides
felis and C. canis of dogs and cats, but is light amber in
color and lacks both genal and pronotal combs. The head
is smoothly rounded anteriorly440 (Figure 11.49).

Fig. 11.47 Leptopsylla segnis. Courtesy of R.E. Lewis, Iowa State Uni-
versity.



Hosts. Xenopsylla cheopis occurs on the Norway rat
and black rat447. Other rodent hosts include the house
mouse, ground squirrel, common vole (M. arvalis), and
others; non-rodent hosts include cottontail rabbits440.
Although the origin of X. cheopis was probably North
Africa or India, it is not found throughout the world. It
occurs commonly on wild rodents in urban areas in the
United States, particularly in the Midwest and port cities.
It has been reported in one laboratory mouse colony460.

Life Cycle. The life cycle is similar to that of Lepto-
psylla segnis. Adults may survive to up to 100 days if a host
is available, and up to 38 days without a blood meal if
environmental humidity levels are high440.

Pathologic Effects and Clinical Disease. The patho-
logic effects of X. cheopis on its natural host have not been
reported. In addition to a number of human pathogens, X.
cheopis may also transmit Hepatozoon erhardovae to murine
rodents461. Clinical signs have not been reported for
rodents.

Diagnosis. Diagnosis is made by identifying the para-
site on the host. While similar in appearance to the human
flea, Pulex irritans, X. cheopis can be distinguished by a ver-
tical rod on the mesothorax, which is absent in P. irri-
tans263. The latter also does not typically infest rodents.

Treatment and Prevention. Treatment of infested ani-
mals would be as described for dogs and cats infested with
Ctenocephalides sp. Prevention of flea infestation is as
described for L. segnis.

Public Health Considerations. This flea is an inter-
mediate host for the tapeworms Hymenolepis diminuta and
Rodentolepis nana. Therefore, it is a potential hazard for
animal facility personnel. Xenopsyllus cheopis transmits
Yersinia pestis, the cause of plague, and Rickettsia typhi, the
cause of endemic typhus462. The bite of this flea is
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extremely irritating to humans and produces a reaction
similar to that caused by the bite of the dog or cat flea.

Other fleas
Several other species of fleas have been recovered from rats
and mice. Most of these reports are from wild rodents.
Important aspects of the biology and control of these para-
sites are similar to those described for L. segnis, N. fasciatus,
and X. cheopis. Fleas that have been recovered from rats
and mice include N. londiniensis, Echidnophaga gallinacea
(“sticktight” flea), X. ramesis, P. irritans (human flea), C.
felis (cat flea), C. canis (dog flea), and others447,453. Other
fleas may be found on rats or mice, but may simply repre-
sent transfers from preferred rodent or non-rodent hosts.
These fleas include Orchopeas sexdentatus, Atyphloceras
multidentatus, Hoplopsyllus anomalus, Diamanus montanus,
and others454.

Order Hemiptera (bugs)

True bugs are rarely found in laboratory animal settings;
however, they are frequently found on wild rodents.
Besides being directly parasitic, some bugs serve as vectors
of rodent and human diseases. The family Reduviidae is
comprised of some 20 subfamilies. All members of the
family are predacious except the Triatominae, which are all
parasitic, primarily on endothermal vertebrates. In addi-
tion, most triatomes serve as vectors of human and animal
diseases, which makes them among the most biomedically
important of the bugs. The genera Paratriotoma, Rhodnius,
and Triatoma are the most likely to affect laboratory
species. In contrast, Cimex sp. (the bedbugs) do not serve
as vectors of any infectious diseases, but may potentially be
found on laboratory rodents.

Fig. 11.48 Nosopsyllus fasciatus. Courtesy of R.E. Lewis, Iowa State
University.

Fig. 11.49 Xenopsylla cheopis. Courtesy of R.E. Lewis, Iowa State Uni-
versity.



Cimex lectularis
Cimex lectularis, the human bedbug, is a small, roughly 4-
mm to 5-mm long, blood sucking bug. Bedbugs leave the
protection of hiding places to feed nocturnally on humans
and other animals, including rats and mice460. Bedbugs
may live longer than a year without a blood meal, so elimi-
nation of bedbugs requires the use of pesticides.

Panstrongylus, Paratriatoma, Rhodnius,
Triatoma
Morphology. These are also known as “kissing” bugs,
“assassin” bugs, or “cone-nosed” bugs. They are obligate
blood-feeding ectoparasites. These bugs have three pairs
of legs, one pair of four-segmented antennae, a three-
segmented proboscis, and two compound eyes463. In addi-
tion, adults have two simple eyes or ocelli and two pairs
of wings. The immature stages do not have functional
wings, but the fourth and fifth instar nymphs have
wing pads. Eggs are smooth or rough. Rhodnius prolixus
(Figure 11.50) is typical of these bugs.

Hosts. The usual reservoir host for Triatoma and
Paratriatoma is a pack or wood rat. However, the rock
squirrel (Citellus variegatus) and armadillo (D. novemcinc-
tus) sometimes serve as reservoir host. The usual reservoir
hosts for Rhodnius are domestic animals and humans464.
The reservoir hosts for Panstrongylus include armadillos
(Dasypodidae)465 and the South American opossum
(Didelphis marsupialis)466. Kissing bugs will feed on wild
and laboratory mice and rats467. The many species of kiss-
ing bugs are found throughout most of the tropical and
temperate regions of the Western Hemisphere.

Life Cycle. Kissing bugs are usually not a problem in
laboratory settings. These bugs pass through five immature
instars to the adult. They usually feed for 10 to 20 minutes
and then quickly return to dark, secluded areas in cracks
and crevices. Immature stages require at least one blood
meal and usually feed two or three times as advanced
instars before molting to the next stage. The adults live for
more than a year and feed at least once per week, facilitat-
ing transmission of blood-borne agents. Females require
more blood than do males. Eggs are laid singly and are
dropped or glued to the surface at random, depending on
the species. The time required for kissing bugs to develop
is highly variable, and depends on the temperature, nutri-
tion, and species. Typically, development requires four to
eight months under optimum conditions467.

Pathologic Effects and Clinical Disease. Pathologic
changes are rarely reported following examination of
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rodents infested with kissing bugs. Infestation with kissing
bugs does not typically lead to clinical signs.

Diagnosis. Diagnosis is made by finding the parasite
on the host or in cracks and crevices in animal buildings.

Treatment. Kissing bugs are not easily killed, and they
have developed resistance to a number of residual insecti-
cides. They are relatively strong flyers and can travel long
distances. They are seldom found on the host, and there-
fore control within animal facilities should be directed
toward their resting or hiding places. Residual insecticides
should be applied as either sprays, dusts, or fumigants to
those surfaces where bugs are most likely to crawl upon
entering the facility or to places where they hide between
feedings468.

Prevention. Kissing bugs can be prevented from
entering the facility by ensuring the structural integrity of
the building, properly maintaining door jams, and visually
inspecting feed and bedding bags prior to transporting
them into the facility.

Public Health Considerations. Trypanosoma cruzi
(the cause of Chagas’ disease), and possibly also hepatitis B
virus, may be transmitted by kissing bugs469. Repeated
bites from these bugs sometimes cause hypersensitivity
reactions in humans470.

Class Arachnida (mites/ticks)

Demodex musculi

Morphology. Demodex musculi is a prostigmatid mite
in the family Demodicidae. Demodex musculi is a very
small mite with a characteristic “cigar-shaped” body.

Fig. 11.50 Rhodnius prolixus male. Courtesy of M.D. Cox, Loma
Linda University.



The elongated abdomen is striated on its dorsal and
ventral surfaces. Adult males are about 130 µ in length,
while adult females are about 150 µ in length6. Adult
D. musculi are shorter than other Demodex sp. that may
infest mice5. Nymphal and adult stages have four pairs of
short, stout legs on the thorax. Setae are absent440.

Hosts. Demodex musculi is considered to be very host-
specific, and has only rarely been reported to infest mice.
The host range of this parasite is unknown. Until
recently5, D. musculi had not been reported in mice for
nearly a century6. It is possible, however, that the parasite
was not identified and reported simply because it was
overlooked. In addition to D. musculi, at least four other
Demodex sp. have been reported from various species of
mice471–474. Of these, only D. flagellurus has been recov-
ered from laboratory mice.

Life Cycle. Virtually nothing is known of the life cycle
of D. musculi. It is likely similar to that of D. canis, which
infests dogs.

Pathologic Effects and Clinical Disease. Infestations
are generally nonpathogenic in immunologically competent
mice infested with D. musculi. Recently, D. musculi was
reported in a colony of transgenic mice5. Mouse strains rep-
resented in that study included B6,CBA-TgN(CD3E)26Cpt
(CD3E) mice, which lack mature T-lymphocytes and natural
killer cells; B6,SENCARB-TgN(pk5prad1)7111Sprd (Prad
1) mice, which are considered to be immunologically compe-
tent, but they over express human cyclin D1 and have severe
thymic hyperplasia; and double-Tg F1 offspring from these
two lines. In addition, D. musculi from these mice was exper-
imentally transmitted to SCID and nu/nu (CD-1) mice.
Demodex musculi was not recovered from immunologically
normal sentinel mice in the same room, nor from other
strains housed elsewhere in the facility5. None of the infested
mice developed clinical signs or dermatitis.

Because D. musculi is rarely diagnosed, little is known
of its pathologic potential. Likewise, minimal tissue reac-
tion has been observed in the tissues of mice infested with
other Demodex sp.474 Infestations with D. musculi are
asymptomatic.

Diagnosis. Mites may be found by examining hairs
plucked from the dorsum of the back or from deep skin
scrapings collected from the same location, or by histology.
Scrapings must be deep enough to include hair follicles.
Diagnosis of D. musculi should prompt consideration of
an underlying immunodeficiency.

Treatment. Little is known about effective treatment
strategies for D. musculi. Treatments that successfully
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eliminate Demodex sp. from other host species also should
eliminate D. musculi. Immune-compromised rodents may
pose special challenges.

Prevention. The prevalence of D. musculi is
unknown, but is probably low. The lack of prevalence data
complicates formulating recommendations for prevention.

Public Health Considerations. Demodex musculi is
not considered a public health hazard, because human
infestations have not been reported.

Laelaps echidninus

Morphology. Laelaps echidninus is known as the “spiny rat
mite.” Laelaps echidninus is occasionally referred to as Echi-
nolaelaps echidninus. However, Echinolaelaps is a subgenus
of Laelaps and organisms are not typically referred to by
subgenus475. Adults of L. echidninus are non-burrowing,
long-legged, and globular in shape (Figure 11.51). The
ventral plates are characteristic. The sternal plate is semi-
rectangular, slightly longer than wide, and bears three pairs
of setae. The epigynial plate is elongate and flask-shaped,
has four pairs of setae, and is concave on its posterior mar-
gin. The anterior margin of the anal plate is convex, fitting
closely within the concavity of the epigynial plate. All body
setae are long and stout, and the first three pairs of coxae
bear short, thick ventral spurs. The females are about 1.1
mm long with heavily sclerotized, reddish brown shields.
The males are 0.88 mm long475.

Hosts. Laelaps echidninus is common on wild rats77.
Other natural hosts include the cotton rat and other
wild rodents. Laboratory rats and mice are also susceptible,
and though rare, infestation of laboratory rodents still
occurs.

Life Cycle. Female mites are viviparous. Within five
to 17 days of reaching the adult stage, females produce
live, hexapod larvae, sometimes by parthenogenesis. Lar-
vae do not feed, but molt into first-stage nymphs in 10 to
13 hours. These feed and molt into second-stage nymphs
in three to 11 days. These also feed and molt into adults in
three to nine days. Therefore, the entire life cycle requires
at least 16 days476. Females can live two to three months if
fed, but survive only a week without food. The mites live
in the bedding and come out at night to feed on abraded
skin and body fluids. Although they sometimes suck
blood, they can also feed on a variety of other substances,
including lacrimal secretions and serous exudate from a
living host477. They sometimes ingest their own larvae.
Under laboratory conditions, they have never been seen to
break the intact skin of their host.



Pathologic Effects. Although L. echidninus is a blood-
sucking arthropod, it is generally considered nonpatho-
genic. Laelaps echidninus serves as the natural vector of the
hemogregarine protozoan Hepatozoon muris171. Experimen-
tally, Laelaps sp. also harbor Francisella tularensis, the cause
of tularemia478.

Clinical Disease. Natural infestation with L. echidni-
nus has not been associated with clinical signs. Experimen-
tally infected suckling mice have been shown to develop
footpad lesions477.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on recognition of the mite on a host or in the bed-
ding or cage crevices. There are no guidelines for treatment
of L. echidninus. Treatments described for other mite infes-
tations would likely be successful. Because L. echidninus
spends much of its life off the host, control programs
should address treatment of the immediate host environ-
ment, as discussed for treatment of O. bacoti. Prevention is
best achieved by excluding wild rodents, maintaining high
standards of facility cleanliness, and purchasing animals
from reputable vendors.

Public Health Considerations. This parasite is not
considered a public health hazard.

Liponyssoides sanguineus

Morphology. Liponyssoides sanguineus (Syn. Allodermanys-
sus sanguineus), the “house mouse mite,” superficially
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resembles O. bacoti and Dermanyssus gallinae. These three
mites are readily distinguishable with careful examina-
tion479. The female has elongate, whiplike chelicerae
resembling those of D. gallinae (Figure 11.52)480. Liponys-
soides sanguineus has two dorsal shields, an elongate ante-
rior one and a reduced posterior one, and three pairs of
setae on the sternal plate. Unengorged females are 650 µ to
750 µ long, and sometimes distend to more than 1 mm
after feeding.

Hosts. Liponyssoides sanguineus is a blood-sucking
mite that occurs on the house mouse, Mongolian gerbil,
Egyptian gerbil (M. libycus), wild Norway rat, other wild
rodents, and humans. It has been found globally. There is
only one report of laboratory animal infestation481.

Life Cycle. The female ingests blood intermittently
and oviposits after each feeding482. Eggs hatch in four
to five days, and the larvae molt in three days without
feeding. Both the first and second nymphal stages feed
only once; the former molts after four to five days and the
latter after six to 19 days. The complete cycle requires
17 to 23 days, and the female can survive up to 51 days
without feeding. Liponyssoides sanguineus is nidicolous,
occurring on the host only when feeding. At other times
it dwells in cracks and crevices in close proximity to
the host.

Pathologic Effects and Clinical Disease. The effects
of L. sanguineus on rodent hosts are unknown. In one

Fig. 11.51 Laelaps echidninus female. (Left) Ventral view. (Right) Dorsal view. Reproduced from Strandtmann, R.W. and Mitchell, C.J. (1963)
with permission.



report, Levine and Lage reported no clinical signs in
infested mice or gerbils481.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on recognition of the mite on a host or on bedding,
cages, or racks; under wall moldings; or in ducts, vents, or
chutes. Control and prevention strategies have not been
adequately investigated, but are likely similar to those
described for O. bacoti.

Public Health Considerations. The bite of this mite
causes dermatitis in humans, similar to that described for
O. bacoti. Another important zoonotic consideration is the
capability of L. sanguineus to serve as a vector for Rickettsia
akari, the cause of rickettsialpox in humans483.

Myobia musculi

Morphology. Myobia musculi is the fur mite of mice. It is a
non-burrowing mite in the family Myobiidae. This mite is
small, unsclerotized, elongate, and has transverse integu-
mental striae (Figure 11.53)484. The male and female differ
only in size, setation, and genitalia. The gnathosoma is
small, with minute, simple palpi and small, stylet-like
chelicerae. The first pair of legs is short, compressed, and
highly adapted for hair clasping. The other three pairs
are less modified; true claws are absent, but each tarsus
ends in a large, claw-like structure, the empodium or
empodial claw. The mite is approximately twice as long as
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it is wide, and the lateral margins of the posterior body
(idiosoma) form bulges between each pair of legs. Females
are approximately 400 µ to 500 µ long, and males are 285
µ to 320 µ long. The anus is dorsal. Genitalia consist of
a posterior opening on the female dorsum, and an elon-
gate, dorsal, internal penis (aedeagus) in the male. The
adult dorsum bears a series of large, slightly expanded,
fluted setae.

Eggs are oval and about 200 µ to 250 µ long, resemble
miniature louse eggs (nits), and are attached to the bases of
hairs at their lower poles485. The first larval stage has three
pairs of legs. The first pair is used for clasping hair and the
second and third pairs are for walking. The larval mouth-
parts appear as a slender, whip like proboscis. The second
larva is larger, and possesses a large, claw-like empodium
on the third tarsi and limb buds of the developing fourth
legs. Nymphs are larger than the larvae and possess three
pairs of walking legs and an anterior pair of hair-clasping
legs. In the first nymphal stage, the fourth pair of legs is
rudimentary while in the second nymphal stage this pair is
well developed and possesses setae and clawlike empodia.
Nymphs also have extended mouthparts.

Hosts. Myobia musculi infests wild and laboratory
mice, and to a lesser extent, rats and closely related rodents
throughout the world77. Though once common, infesta-
tions in mouse colonies are now uncommon. In a large

Fig. 11.52 Liponyssoides sanguineus female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J., Hull,
W.B., and Keegan, H.L. (1956) with permission.



survey recently conducted at a commercial diagnostic lab-
oratory, infestation was detected in only 0.12% of mice
submitted4.

Life Cycle. Eggs hatch in about seven to eight days486.
The larval period lasts 10 days, with eight-legged nymphal
forms appearing on the 11th day post-hatching. Adults
may be observed as early as the 15th day, and are capable of
laying eggs within 24 hours486. Therefore, the complete
life cycle requires about 23 days. All motile stages feed on
extracellular tissue fluids. Transmission is by direct transfer
of female mites. Neonatal mice become infested as early as
the seventh to eighth day of life, shortly after the appear-
ance of the hair coat. New infestations are characterized by
an initial increase in mite populations, followed by a
decrease coinciding with the development of host immu-
nity487. Mite populations generally equilibrate by around
eight to 10 weeks. At this point, the host cannot eradicate
the parasite, but parasitic populations cannot significantly
expand. The equilibrium population level may be carried
for long periods of time, even years. Cyclic fluctuations of
20 to 25 days in the equilibrium population level may rep-
resent waves of egg hatches486.

Pathologic Effects. The degree of pathogenicity to
mice varies among mouse strains. Nude and other hairless
mice are not susceptible. Strains derived from C57BL/6 or
NC/Jic mice are genetically predisposed to more severe
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forms of disease488,489. Gross skin changes vary from unap-
parent to mild dermatitis to more severe lesions that
include ulceration and pyoderma. Lesions are most com-
mon on the head, neck, shoulders, and flank490. There
appears to be no direct relationship between mite numbers
and severity of lesions491. In uncomplicated chronic infes-
tations, the epithelium is mildly hyperkeratotic and there
is an increase in the presence of chronic inflammatory cells
underlying the epithelium, with an increased rate of
epithelial cell mitosis492. More severe lesions include ulcer-
ation and pyoderma491. Histologic as well as clinical char-
acteristics support an immediate hypersensitivity
component489.

Other pathologic changes have been associated with
acariasis. These include localized lymphadenopathy, vari-
able splenic hypertrophy, epicarditis, pleural thickening,
secondary amyloidosis, hypergammaglobulinemia,
hypoalbuminemia, and decreased mean hemoglobin con-
centration493.

Clinical Disease. Clinical signs associated with M.
musculi infestation are variable494, and increase in severity
as mice age490. Light infestations typically cause no obvi-
ous signs and are usually unapparent. However, mouse
strains differ in susceptibility and severity of clinical signs.
Clinical signs range from mild alopecia and reddening of
the skin to extreme pruritus with self-excoriation and deep
ulceration489. Alopecia begins in the flank area and may
become generalized. Deep ulcerations may be complicated
by secondary infection490. Systemic effects may include
decreased life span492, decreased body weight490, develop-
ment of an IgE antibody response489, and decreased repro-
ductive indices491.

Diagnosis. The following method of diagnosing M.
musculi infestations has been described as being very effec-
tive312: A 5.5-cm by 10-cm strip of transparent shipping
tape is applied to the back of a euthanized mouse. The tape
is left in place for at least six hours and then examined by
light microscopy. A less reliable method is direct examina-
tion of the pelage of dead or anesthetized mice under a
bright light and dissecting microscope. The hair over the
dorsum, nuchal crest area of the skull, cervical dorsum,
and area between the scapulae generally yield the greatest
number of parasites. If this method is chosen, the hair in
these areas should be parted and examined for moving or
stationary mites485.

Treatment. Many compounds have been used in
attempts to eradicate mite infestations. Currently used aca-
ricides are at least as effective as older treatments, and are

Fig. 11.53 Myobia musculi adult female, dorsal view. Reproduced
from Baker, D.G. (in press) with permission.



less toxic to the host. One commonly used treatment
strategy involves 1% ivermectin diluted 1:100 with a mix-
ture of propylene glycol and water (1:1)495. Other investi-
gators489, including the present author, have found that
simply diluting the ivermectin in distilled water and spray-
ing or misting it over the mice also works well. Using this
formulation, three weekly treatments apparently did not
completely eradicate mites, but did result in negative
ectoparasite examinations for up to 18 weeks after the last
treatment495.

Other investigators have used a micropipette to
deliver 1% ivermectin (2 mg/kg) once between the scapu-
lae of mice312. Ivermectin (200 µg/kg body weight) admin-
istered twice subcutaneously one week apart eliminated
mites for up to 35 days, which was the duration of the
study. One injection of ivermectin reduced, but did not
eliminate, the infestation496. Other investigators have
reported that a single injection of a higher dose (300
µg/kg) will eradicate the infestation497. However, follow-
up examinations were only performed for a few weeks. In
one report, ivermectin administered in drinking water at
10 µg/ml, 25 µg/ml, or 50 µg/ml for four consecutive days
successfully eliminated infestation with M. musculi and
Myocoptes musculinus498. However, in another report,
administration of ivermectin in the drinking water (32
mg/L) for three 10-day periods, separated by a 7-day rest
period, did not result in complete elimination of mites
until nine weeks after the last treatment499. Ivermectin
must be used with caution in mice due to potential toxicity
in transgenic or young mice.

Permethrins have also been used to control mite infes-
tations. Useful preparations include dips or dusts; the lat-
ter is applied to the bedding or to the mice500.
Chlorpyrifos (Dursban®) has been shown to be effective
when six grams of the compound were applied to bedding
during twice weekly cage changing for three weeks501.
Mite infestations were eradicated and no clinical signs of
toxicity were observed. However, in some mice, brain
acetylcholinesterase levels declined but then returned to
normal following completion of the treatment regimen501.
It should be noted that if an acaricide is ineffective on in
ovo forms, and lacks residual activity, a second application
should take place sometime after day eight, when all eggs
will have hatched, but before day 16, when new adults
may have laid new eggs486.

Few acaricidal treatments are 100% effective. Survival
of even a few mites constitutes a potential source for rein-
festation of the colony. To facilitate eradication, it is also
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important to thoroughly clean and disinfect all elements
of rodent caging, including filter tops. Mite infestation is
often a recurring problem, with complete resolution seem-
ingly unattainable. Final eradication may require rederiva-
tion of the colony.

Prevention. Because mites may alter host physiology,
and infestations may be difficult to eradicate, prevention is
preferred over treatment. Mite infestation may be pre-
vented by only procuring mice from reputable sources,
carefully examining preshipment health records, examin-
ing or treating mice during quarantine, and excluding wild
rodents from the animal facility.

Public Health Considerations. Myobia musculi is not
considered a human health hazard.

Myocoptes musculinus

Morphology. Myocoptes musculinus is a non-burrowing
mite in the family Myocoptidae. The female is white, oval,
and approximately 300 µ to 380 µ long by 130 µ wide
(Figure 11.54)502. The body is striated; the dorsal striae are
scale-like and the ventral ones appear as minute denticles.
The genital opening is triangular but, when closed,
appears as a transverse slit between the fourth pair of legs.
The anus is posterior and ventral, and associated with a
pair of long terminal setae. The chelicerae are large and
chelate. The first and second legs have six free segments
and terminate in short stalks bearing ambulacral suckers.
The third and fourth pairs of legs have six segments, but
ambulacral suckers are absent. The legs are modified for
clasping hairs; they are enlarged and strongly chitinized.
The male is smaller (about 160 µ to 210 µ by 135 µ), less
striated, and more heavily sclerotized than the female.
Anterior to the third pair of legs, it resembles the female,
but the posterior portion differs. The aedeagus is located in
a deltoid genital opening, the anus is accompanied by a
small pair of suckers, and the idiosoma is posteriorly
bilobate. The fourth pair of legs is greatly enlarged and
has five free segments, none of which are modified for
hair-clasping.

Hosts. Myocoptes musculinus infests wild and labora-
tory mice77. Infestations were common prior to recent
improvements in laboratory animal husbandry. However,
in a large survey recently conducted at a commercial diag-
nostic laboratory, infestation was detected in only 0.10%
of mice submitted4. A single report of M. musculinus infes-
tation of guinea pigs has been described503.

Life Cycle. The stages of the life cycle include egg,
larva, two nymphal stages, and adult. The eggs average



0.20 mm by 0.045 mm in size and hatch within five days.
Myocoptes eggs are usually attached to the distal part of the
hair shaft, in contrast to Myobia sp. eggs, which are
attached closer to the base of the shaft502. All stages occur
in the pelage and a complete cycle requires about 14 days.
In monospecific infestations, M. musculinus occupies the
face, head, neck, inguinal region, and base of the tail504. If
M. musculi is also present, M. musculinus exhibits some
predilection for the skin of the inguinal areas, abdominal
ventrum, and back. In heavy mixed infestations, there is
some tendency for M. musculinus to crowd out popula-
tions of M. musculi485. Myocoptes musculinus is considered
a more ambulatory species than M. musculi, and tends to
spread out over greater areas of the body. Transmission
requires close, direct contact. Infestation of neonates may
occur within four to five days, when hair first appears, with
mites attaching to the vibrissae of the young504. All life
stages of M. musculinus migrate to new hosts.

Pathologic Effects. Pathologic changes are often not
observed in the skin of mice infested with M. musculinus.
However, reaction to mite infestation is strain-dependent.
Hairless mice are not susceptible. Some conventional,
inbred strains such as the C57Bl/6, and less commonly,
the BALB/c, develop pruritic dermatopathology typically
associated with allergic-type hypersensitivity. Lesions
include ulcerative dermatitis, erythema, lymphadenopathy,
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lymphocytopenia, granulocytosis, and extensive mast cell
infiltration of the affected skin and local lymph nodes.
These changes are accompanied by greatly elevated serum
IgE505. Similar changes occur in the skin of NC mice, an
atopy-prone inbred strain506.

Clinical Disease. Myocoptes musculinus is considered a
surface dweller that feeds on superficial epidermal
layers504. Clinical signs of infestation are usually absent or
unnoticed. When present they may include alopecia, and
erythema, pruritus, traumatic dermatitis, dulling of the
coat, and wasting also occur505. In the guinea pig, M. mus-
culinus causes suppurative mange503.

Diagnosis. Infestations may be reliably diagnosed
by using the dorsal tape test as described for M. musculi,
or by direct examination of the pelage of dead or anes-
thetized mice under a bright light and dissecting micro-
scope as described for Polyplax serrata. The hair over the
inguinal areas, abdominal ventrum, and dorsum generally
yield the greatest number of parasites. The hair in these
areas should be parted and examined for moving or sta-
tionary mites.

Myocoptes musculinus must be distinguished from
other non-burrowing murine mites, including M. musculi,
Radfordia affinis, and Trichoecius romboutsi. The first two
species are readily separated from M. musculinus in that
only their first pair of legs is modified for clasping hairs.

Fig. 11.54 Myocoptes musculinus. (Left) Female, ventral view. (Right) Male, ventral view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J.,
Hull, W.B., and Keegan, H.L. (1956) with permission.



Myocoptes musculinus is larger than T. romboutsi, the female
has a broader body, and the male has two long and two
short terminal setae, rather than four long terminal setae507.

Treatment and Prevention. Treatment and preven-
tion recommendations are as described for M. musculi.

Public Health Considerations. Myocoptes musculinus
does not infest humans.

Notoedres muris

Morphology. Notoedres muris (Syn. Notoedres alepis) is the
“mange ear mite of rats.” The adult female measures 400 µ
by 350 µ long (Figure 11.55). Adult female Notoedres sp.
may be differentiated from mites of the genus Sarcoptes.
The anus of adult female N. muris is located dorsally, and
the adult female N. muris lacks heavy dorsal spines, cones,
and triangular scales440. Also, the middorsal integumental
striations are not scale-like, paragenital setae are absent,
and the perianal setae are relatively small508,509. In contrast,
the adult male and immature forms of N. muris closely
resemble S. scabiei. Notoedres muris also resembles Trix-
acarus diversus510. The two can be differentiated because N.
muris lacks a shield and triangular scales on the dorsum,
while both are possessed by T. diversus.

Hosts. Rats are the natural hosts of N. muris77. Infes-
tation has also been reported in a variety of wild rodents,
including the European hamster (Cricetus cricetus), marsh
rat (Holochilus brasiliensis), and California vole (M. califor-
nicus)511–513. While infestation remains common in wild
rats, the mite is rarely observed in laboratory populations.

Life Cycle. Eggs are laid in burrows in the stratum
corneum and hatch in four or five days514. Pre-adult stages
(larva and nymphs) live an average of 14.5 days. The entire
life cycle requires 19 to 21 days. Fertilization is thought to
occur in the burrows. Transmission is by direct contact.

Pathologic Effects. Following infestation, mites are
usually restricted to the stratum corneum, but occasionally
they penetrate this layer, giving rise to a more severe skin
reaction and serum exudation514. Epidermal cells in
affected areas proliferate and gradually cornify508. Encap-
sulation of the mite by fibrous tissue does not occur. Local-
ized inflammation, characterized by an increase in
neutrophils and lymphocytes, is sometimes so intense as to
obscure the dermal fibrous tissues beneath the lesion.

Clinical Disease. Notoedric mange of the rat affects
the pinnae, nose, tail, and sometimes the external genitalia
and limbs, causing a pruritic and papular, crusting der-
matitis515. Typical lesions on the pinnae are papilloma-like
horny excrescences with yellowish crusts (Figure 11.56).

PARASITES OF RATS AND MICE 363

Those on the nose are also wart-like and horny, but caudal
and dermal lesions are erythematous and vesicular or
papular.

Diagnosis. Differential diagnosis includes allergic and
autoimmune causes, mycotic infections, and self-inflicted
trauma. Although the presence of mites and eggs in skin
scrapings is diagnostic for mange, care must be taken to
differentiate notoedric mange of rats from mange caused
by T. diversus516.

Treatment. Beco and co-workers517 treated Notoedres-
infested hamsters with ivermectin (400 µg/kg) by subcuta-
neous injection for eight weekly treatments. At the end of
the treatment period, skin scrapings were negative in only
60% of hamsters treated. Therefore, use of ivermectin for
the elimination of N. muris-infested rats and other rodents
should be accompanied by thorough post-treatment exam-
inations. In this regard, burrowing mites may be more dif-
ficult to eliminate than non-burrowing mites, possibly
requiring repeated treatments at weekly intervals until the
infestation is cleared. It is also important to thoroughly
clean and disinfect rodent caging to prevent reinfestation.
In fact, some investigators have suggested that bedding
changes alone may facilitate eradication of Notoedres sp.
from rodent colonies518. A single topical treatment with
selamectin (6 to 12 mg/kg) successfully eliminated N. cati
in a group of 17 cats519.

Fig. 11.55 Notoedres muris female, dorsal view. Reproduced from
Baker, E.W., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) with permission.



Prevention. Animals should only be procured from
reputable sources, and should undergo a period of quaran-
tine, ideally including treatment with acaricides. Wild
rodents should be excluded from the animal facility.

Public Health Considerations. Notoedres muris is not
known to infest humans and is therefore not considered a
public health concern.

Notoedres spp.

Other Notoedres spp. known to infest murid rodents
include N. musculi, a parasite of the house mouse in
Europe, N. oudemansi, a parasite of black rats and hedge-
hogs (Erinaceus albiventris) in Africa, N. pseudomuris from
Ryukyu mice (M. caroli) in Taiwan, N. jamesoni from
bandicoot rats (Bandicota bengalensis) in India, N. paucip-
ilis from the creek rat (Pelomys fallax) in Africa, and N.
douglasi, a parasite from grey squirrels in California440,520.
Relatively little is known of the biology of these parasites.

Ornithonyssus bacoti

Morphology. Ornithonyssus bacoti (Syn. Bdellonyssus
bacoti, Liponyssus bacoti) is known as the “tropical rat
mite.” It is a bloodsucking mesostigmatid mite. The
female is white or tan and 750 µ long. When engorged
with blood it is dark red or black, and more than 1 mm in
length. Body plates are well developed and include an
elongate, narrow dorsal shield that does not cover the
entire dorsum (Figure 11.57), a rectangular sternal plate
with three pairs of setae, an elongate, fingerlike epigynial
plate, and an anal plate (Figure 11.58). The setae on the
dorsal plate are as long as the other dorsal setae. The che-
licerae are well developed, chelate, protrusible, and equal
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in diameter throughout. The male is smaller and possesses
chelicerae modified for copulation. A fingerlike spermato-
dactyl, for the transfer of sperm, is on the movable chela. A
single holoventral plate covers the entire intercoxal area
and is usually fused with the anal shield229.

Hosts. Ornithonyssus bacoti infests a wide range of
mammalian and avian hosts. Natural hosts of O. bacoti
include several species of rats, mice, hamsters, gerbils,
voles, and other wild rodents447,521–526. Nonrodent hosts
include cats, dogs, chickens and other birds, opossums,
humans, and the lesser white-toothed shrew522,526–528.
Ornithonyssus bacoti occurs on wild hosts throughout the
world. Laboratory outbreaks involving research animals, as
well as facility personnel, have been reported529,530.

Life Cycle. Adult mites suck blood. The adult female
survives about 70 days, deposits up to 100 eggs in the bed-
ding or in crevices, and feeds every two to three days dur-
ing this period. Larvae hatch in one to four days and molt
within one day without feeding. The first nymphal stage
sucks blood and generally molts five to 14 days after feed-
ing. It can survive for a month without food. The second
nymphal stage is sluggish, does not feed, and molts in one
to two days. Adults copulate 24 hours after emerging, and
the life cycle can be completed in 13 days. Ornithonyssus
bacoti is an obligate, intermittent blood feeder. All stages
live in close proximity to the host, but usually only
nymphs and adults occur on the host531. When not on the
host, mites retreat to hiding areas such as cage bedding, fil-
ter tops, cage racks, etc.

Pathologic Effects. This mite ingests blood and causes
debility and anemia532. Ornithonyssus bacoti can transmit
several other pathogens, including the agents of murine
typhus (R. typhi), rickettsialpox (R. akari), Q fever (Cox-
iella burnetii), Lyme disease (Borrelia burgdorferi), hemor-
rhagic fever with renal syndrome, and plague (Y.
pestis)533–535. However, O. bacoti is probably not an impor-
tant natural vector of any of these pathogens. It is, how-
ever, a common vector of L. carinii and closely related
filarial nematode species which infect cotton rats and other
wild rodents524,536.

Clinical Disease. Clinical signs are generally limited
to decreased reproduction in affected mouse colonies,
though severe infestation may lead to death532.

Diagnosis. Infestation of an animal colony with O.
bacoti is easily diagnosed. Engorged mites are readily seen
on bedding, cages, filter tops, and racks, but typically not
on the animals. Identification is based on morphologic
characteristics.

Fig. 11.56 Notoedric mange in a rat. Reproduced from Flynn, R.J.
(1960) with permission. Courtesy of J.K. Glaser, Argonne National
Laboratory.
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Treatment. Many compounds have been used in
attempts to eradicate mite infestations, including O.
bacoti. These are more fully discussed in the section
describing treatment of M. musculi infestation. Unlike
most of the other non-burrowing mites, however, direct
application of chemicals to the animals may not be neces-
sary, because the parasite is only on the host when feeding.
Malathion (1%) has been effectively used to eradicate O.
bacoti from rodent colonies537. Chlorpyrifos (Dursban®)
has likewise been used to eliminate M. musculi and would
likely eliminate O. bacoti as well501. It is likely that other,
newer, safer acaricides such as pyrmethrins500, which can
also be applied to the caging, would also be effective. Iver-
mectin applied topically, by injection, or in the drinking
water, as described for treatment of M. musculi, would
likely also be effective, but these routes of administration
have not been tested against O. bacoti.

Prevention. Infestation with mites can be prevented
by maintaining a high degree of sanitation, procuring ani-
mals from uninfested sources, and excluding wild rodents
from the facility.

Public Health Considerations. This mite readily
feeds on humans, causing a condition known as tropical
rat mite dermatitis526. Humans are most often attacked in
the absence of its preferred hosts. Ornithonyssus bacoti can

Fig. 11.57 Ornithonyssus bacoti female, ventral view. Courtesy of C.
Taylor, Rocky Mountain Laboratory, U.S. Public Health Service.

Fig. 11.58 Ornithonyssus bacoti female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J., Hull,
W.B., and Keegan, H.L. (1956) with permission.



harbor certain pathogens following their ingestion in a
blood meal, as previously described. These pathogens
include R. typhi, R. acari, C. burnetti, F. tularensis, Eastern
equine encephalitis virus, hemorrhagic fever with renal
syndrome virus, B. burgdorferi, and Y. pestis533–535. There-
fore, animals infested with this mite should be handled
with caution.

Psorergates simplex

Morphology. Psorergates simplex is also known as the
“follicle mite of mice.” It is a minute, rounded mite which
ranges in length from approximately 90 µ to 150 µ long
(Figure 11.59)538. Adults and nymphs have four pairs of
legs. These are radially arranged, each with five telescoping
segments; the larva has three pairs of legs. The mite can be
distinguished from other similarly sized mites by the pres-
ence of a medially directed spine on the ventral surface of
each femur. Each tarsus terminates in a pair of simple
claws and a pad-like empodium. The palpal segments are
undifferentiated and coalesced. Chelicerae are minute,
protrusible, stylet-like and enclosed in a small, conical ros-
trum. The anus is ventral with a tubercle on each side.
The female has a pair of long, whip-like setae on each
tubercle; the male has a single seta on each side440 and a
dorsal penis.

Hosts. Mice are the natural hosts of P. simplex. Infes-
tation of wild mice appears to be relatively uncommon.
Though once commonplace, infestation of laboratory
mice is now extremely rare. In a large survey recently con-
ducted at a commercial diagnostic laboratory, infestation
was not detected in more than 14,000 mice submitted4. It
appears that mouse strain may influence susceptibility to
infestation. In one study, Swiss stock were infested, while
those of C3H, BALB/c, DBA, A, and C57 strains were
not507.

Life Cycle. The life cycle of P. simplex is incompletely
known. All stages are found in a single follicle or lesion
(Figure 11.60). Colonization of a follicle apparently results
from the entrance of a gravid female. Transmission is by
direct contact.

Pathologic Effects. Infestation of mice with P. simplex
is characterized by formation of skin nodules or “pouches”
(Figure 11.61)540. These are small (up to 2 mm), dis-
tended, whitish, cyst-like dermal structures that contain
mites and cellular debris. Histologically, the nodules
resemble comedones and consist of invaginated sacs of
squamous epithelium filled with mites, mite products, and
keratinaceous debris. Skin nodules are thought to form as a
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result of epidermal growth to accommodate internal pres-
sure of space-occupying mites. All life cycle stages of the
mite are found in the nodules539.

Clinical Disease. Clinical signs are typically restricted
to formation of skin nodules. These may be unapparent in
the live host, and only noticed upon inversion of the skin
at necropsy. Typically, skin nodules form in the skin of the
legs, back, trunk, abdomen, shoulders, and head, but may
occur anywhere540. Nodules tend to be larger in the loose
skin of the trunk, and smaller where the skin is tighter,
such as the face and legs. A second, auricular clinical mani-
festation occurs rarely. This form develops slowly, and may
have a severe, mange-like appearance, with thick, yellow
crusting of one or both surfaces of the pinna541.

Diagnosis. Psorergates simplex can be diagnosed by
examination of the inverted subcuticular surface of the pelt
for the characteristic cyst-like nodules. Nodule contents
may be expressed by pressure of a scalpel blade or by scrap-
ing and the contents mounted under a cover slip in water,
glycerine, or 10% potassium hydroxide for microscopic
examination. Care must be taken to distinguish between
psorergatic and notoedric ear mange. Definitive diagnosis
is made by identification of the mite.

Treatment. Little information is available on modern
treatments for psorergatic mange of rodents. A single

Fig. 11.59 Psorergates simplex female, ventral view. Courtesy of A.D.
Smith, Rocky Mountain Laboratory, U.S. Public Health Service.



treatment with ivermectin, administered by subcutaneous
injection of 200 µg/kg, has been reported to be effective in
clearing P. ovis-infested sheep542 and stumptailed macaques
infested with Psorergates sp.543. It is likely that ivermectin
would also be effective against P. simplex.

Prevention. Psorergates simplex is rare in modern
rodent facilities. Infestation may be prevented by procur-
ing mice only from uninfested sources; including quaran-
tine, treatment, and sentinel surveillance in the pathogen
control program; and excluding wild rodents from the ani-
mal facility.

Public Health Considerations. Psorergates simplex is
not known to infest humans.

Radfordia affinis

Morphology. Radfordia affinis (Syn. Myobia affinis) is
another mouse fur mite. It is a nonburrowing, pelage-
inhabiting mite in the family Myobiidae. Radfordia affinis
is morphologically similar to M. musculi (Figure 11.62)544.
The two can be differentiated by scrutiny of the tarsal ter-
minus of the second pair of legs. Radfordia affinis has two
tarsal claws of unequal length, while M. musculi has a
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single empodial claw. Radfordia affinis may be differenti-
ated from R. ensifera of rats, again by comparing of the
tarsal claws of the second pair of legs. The claws are paired
and unequal in length in R. affinis and paired and equal in
length in R. ensifera545. Relatively little is known of the life
cycle of R. affinis. It is assumed that the life cycle is similar
to that of M. musculi.

Hosts. The house mouse is the natural host of R. affi-
nis. Infestations of both laboratory and wild mice have
been reported546,547. Historically, infestation of laboratory
mice was common in many parts of the world. However,
in a large survey recently conducted at a commercial diag-
nostic laboratory, infestation was detected in only 0.01%
of mice submitted4.

Life Cycle. The life cycle of R. affinis is similar to that
of M. musculi.

Pathologic Effects and Clinical Disease. Relatively
little is known of the pathologic effects or clinical disease
caused by R. affinis. It is likely that lesion develop-
ment and clinical signs are similar to those described for
M. musculi.

Fig. 11.60 Psorergates simplex egg (E), female (F), larva (L), male (M),
and nymph (N). Reproduced from Flynn, R.J. and Jaroslow, B.N.
(1956) with permission.

Fig. 11.61 Nodules in skin (visceral surface) of a mouse caused by
Psorergates simplex. Reproduced from Flynn, R.J. and Jaroslow, B.N.
(1956) with permission.



Diagnosis, Treatment, and Prevention. Practices effec-
tive for M. musculi should also be effective for R. affinis.

Public Health Considerations. Radfordia affinis does
not infest humans.

Radfordia ensifera

Morphology. Radfordia ensifera (Syn. Myobia ensifera,
Myobia ratti) is the rat fur mite. It is morphologically and
biologically similar to S. affinis of mice. The two can be
distinguished by comparing the tarsal claws of the second
pair of legs. The claws are paired and unequal in length in
R. affinis and paired and equal in length in R. ensifera (Fig-
ure 11.63)545.

Hosts. Radfordia ensifera was once common in labora-
tory rat colonies. In a large survey recently conducted at a
commercial diagnostic laboratory, infestation was detected
in only 0.02% of rats submitted4. Infestation of wild rats
remains common447.

Life Cycle. The life cycle of R. ensifera is likely similar
to that of M. musculi of mice.
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Pathologic Effects and Clinical Disease. Relatively
little is known of the pathobiology or clinical symptoms
of R. ensifera. One report described clinical disease,
including pruritus, alopecia, and self-excoriation in rats
infested with R. ensifera, similar to that described for
M. musculi548. It is likely that as for other mite infesta-
tions, debilitation, overcrowding, and poor husbandry
may exacerbate disease.

Diagnosis. Radfordia ensifera infestations may be reli-
ably diagnosed using the dorsal tape test as described for
M. musculi312.

Treatment and Prevention. It is likely that treatment
and prevention strategies useful for eliminating and pre-
venting M. musculi infestations will also be successful
against R. ensifera. In one report, microdot delivery of 1%
ivermectin (2 mg/kg body weight) to the dorsal skin, given
three times at approximately two week intervals, elimi-
nated R. ensifera from a colony of Long Evans rats549.

Public Health Considerations. Radfordia ensifera is
not known to infest humans.

Trichoecius romboutsi

Morphology. Trichoecius romboutsi (Syn. Myocoptes rom-
boutsi) is a non-burrowing mite in the family Myocopti-
dae550. Trichoecius romboutsi is smaller than M. musculinus;

Fig. 11.62 Radfordia affinis female. Reproduced from Flynn, R.J.
(1963) with permission.

Fig. 11.63 Radfordia ensifera female, dorsal view. Reproduced from
Baker, E.W., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) with permission.



the female is about 200 µ to 280 µ and the male about
160 µ to 190 µ long (Figure 11.64)550. The female is
narrower than M. musculinus and the male has four long,
rather than two long and two short, terminal setae.

Hosts. Trichoecius romboutsi has been reported from
mice in the United States and Europe550. The mite was
found in a survey of commercial mouse breeders in the
United States in 1955507. However, in a similar survey 10
years later, the mite was not observed551. Its prevalence in
laboratory colonies is now considered rare. In a large sur-
vey recently conducted at a commercial diagnostic labora-
tory, infestation was not detected in more than 14,000
mice submitted4. However, T. romboutsi closely resembles
M. musculinus, and failure to identify it may account for
the lack of reports of its occurrence.

Life Cycle. Relatively little is known of the life
cycle of T. romboutsi. It is probably similar to that of
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M. musculinus. Life cycle stages include the egg, larva, two
nymphal stages, and adults550.

Pathologic Effects and Clinical Disease. Relatively
little is known of the pathologic effects and clinical disease
associated with T. romboutsi. However, it is likely that these
are similar to the condition caused by M. musculinus.

Diagnosis, Treatment, and Prevention. These aspects
of infestation with T. romboutsi are likely similar to M.
musculinus, and therefore as described for M. musculi.

Public Health Considerations. Trichoecius romboutsi
is not considered a public health hazard, because infesta-
tion of humans with this parasite has not been reported.

Trixacarus diversus

Trixacarus diversus (Syn. Sarcoptes anacanthos) is a sarcop-
tid mite that closely resembles N. muris516. Natural hosts
include rats, mice, and hamsters. Infested rats may develop

Fig. 11.64 Trichoecius romboutsi. (Left) Female. (Right) Male. Reproduced from Flynn, R.J. (1963) with permission.



TABLE 11.1 Parasites of rats and mice—circulatory/lymphatic system.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Trypanosoma Asia, South Rats, Asian monkeys Blood Passed in feces of None Not reported 7
conorhini America reduviid bug

Trypanosoma Americas Rodents and other Blood,myocardium Passed in feces of Myocarditis, anemia, Trypanosomiasis 552
cruzi mammals reduviid bug splenomegaly, (“Chaga’s 

lymphadenitis disease”)
Trypanosoma Worldwide Rats Blood Passed in flea feces Usually none; Reported in 10

lewisi may cause arthritis children and
of distal extremities immune-

suppressed adults
Trypanosoma musculi Worldwide Mice Blood Passed in flea feces Usually none Not reported 36
Leishmania donovani Asia, Africa Rodents and Phagocytic cells, Sand fly bite; skin Splenomegaly, Visceral 27

other mammals visceral organs contamination with hepatomegaly, leishmaniosis
crushed flies or fly lymphadenopathy (“kala-azar”)
feces

Leishmania tropica Asia, Wild rodents Phagocytic cells, Sand fly bite; skin Cutaneous ulcers Cutaneous 27
Mediterranean (also found in skin, mucous contamination leishmaniasis
Basin dogs, cats, man) membranes with crushed flies 

or fly feces

Coccidia

Hepatozoon muris Worldwide Rat Lymphocytes, liver Ingestion of mite vector, May cause Not reported 27
Laelaps echidninus splenomegaly,

hepatitis, anemia
Hepatozoon musculi Great Britain Mice Lymphocytes, Unknown Unknown Not reported 27

bone marrow
Piroplasmids and

Haemosporidia
Babesia microti Worldwide Rats, other Erythrocytes Tick transmission Renal degeneration, Reported 27

rodents, dogs hemoglobinuria,
sometimes death

Babesia rodhaini Worldwide Tree rats Erythrocytes Tick transmission Hemolytic anemia, Not reported 209
(Thamnomys surdaster) mononuclear

phagocytic system
hyperplasia, hepatitis

Plasmodium berghei Africa Tree rats Erythrocytes Mosquito transmission Malaria in mouse Not reported 217
and pregnant rat

Plasmodium chabaudi Africa Tree rats Erythrocytes Mosquito transmission Malaria in mouse Not reported 220
Plasmodium inopinatum Europe Wild rats Erythrocytes Mosquito transmission Malaria Not reported 215
Plasmodium vinckei Africa Tree rats Erythrocytes Mosquito transmission Malaria in mouse Not reported 222
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Nematodes

Metastrongyloidea

Angiostrongylus Asia, North Wild rats and Pulmonary artery, Ingestion of mollusk Pulmonary and Reported 350
(Parastrongylus) America, other rodents; bats, brain intermediate host, or central nervous (Eosinophilic

cantonensis Pacific Islands horses, dogs, opossums, paratenic host system reactions to meningitis)
others migrating larvae

Angiostrongylus Central and Cotton rats, rats, others Cranial mesenteric Ingestion of intermediate Arteritis Reported 361
costaricensis South America artery, subserosal host (Intestinal

arteries of the cecum eosinophilic
granulomata)

Angiostrongylus spp. Worldwide Wild rodents Pulmonary artery Ingestion of Pulmonary reactions Possible, 229,
intermediate to migrating depending 368–370
host larvae on species
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TABLE 11.2 Parasites of Rats and Mice—Enterohepatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Chilomastix Worldwide Mice, rats, hamsters Cecum Ingestion of cysts None None 47
bettencourti

Enteromonas hominis Worldwide Rats, hamsters, rabbits, Cecum Ingestion of organism None Reported 27
primates passed in feces

Giardia muris Worldwide Mice, rats, hamsters, Anterior small Ingestion of cysts Enteritis, villus Not reported 66
other rodents intestine passed in feces changes

Giardia simoni Worldwide Rats, hamsters Anterior small Ingestion of cysts Associated with Not reported 27
intestine passed in feces jejunal 

tympanites in rats
Hexamastix muris Worldwide Rats, hamsters, Cecum Ingestion of organism Villus changes Not reported 27, 62

other rodents passed in feces
Monocercomonoides sp. North America Rats, hamsters Cecum Ingestion of organism None Not reported 27, 70

passed in feces
Octomitus pulcher Worldwide Mice, rats, hamsters, Cecum Ingestion of organism None Not reported 27

squirrels, other rodents passed in feces
Pentatrichomonas Worldwide Mice, rats, hamsters, dogs, Cecum, colon Ingestion of organism None Reported 71, 72

hominis cats, cattle, primates passed in feces
Retortamonas sp. North America Rats Cecum Ingestion of cysts None Not reported 27, 73

passed in feces
Spironucleus muris Worldwide Rats, mice, hamsters, Small intestine, Ingestion of cysts Enteritis in immune- Not reported 81

other rodents cecum passed in feces deficient mice
Tetratrichomonas North America Mice, rats, hamsters, Cecum Ingestion of organism None Not reported 85

microti voles, other rodents passed in feces
Trichomitus wenyoni North America Mice, rats, hamsters, Cecum, colon Ingestion of organism None Not reported 86

rhesus monkeys, passed in feces
baboons

Tritrichomonas muris Worldwide Rats, Mice, other rodents Cecum, colon, Ingestion of None Not reported 45, 89
small intestine “pseudocyst”

Tritrichomonas minuta North America, Mice, rats, hamsters Cecum, colon Ingestion of organism None Not reported 27
Europe passed in feces

Amoebae

Endolimax ratti Worldwide Rats Cecum, colon Ingestion of cysts None Not reported 27
passed in feces

Entamoeba muris Worldwide Mice, rat, hamster Cecum, colon Ingestion of cysts None Not reported 93
passed in feces

Coccidia

Cryptosporidium muris North America Mice, rats Stomach Ingestion of sporulated Gastric mastocytosis Not reported 96,
oocyst in feces 102, 104

Cryptosporidium North America Mice, most other Small intestine Ingestion of sporulated Enteritis in immune- Common 105
parvum mammals oocyst in feces deficient mammals
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Eimeria falciformis Worldwide Mice Large intestine Ingestion of sporulated Catarrhal enteritis, Not reported 110
oocyst in feces death

Eimeria miyairii Worldwide Rats Small intestine Ingestion of sporulated None Not reported 122
oocyst in feces

Eimeria nieschulzi Worldwide Rats Small intestine Ingestion of sporulated Enteritis, villus changes, Not reported 133
oocyst in feces diarrhea, death

Eimeria separata Worldwide Rats Cecum, colon Ingestion of sporulated Mild enteritis Not reported 27
oocyst in feces

Eimeria spp. Worldwide Mice Intestine Ingestion of sporulated None Not reported 27, 108,
oocyst in feces 134

Isospora ratti North America Rats Intestine Presumably by ingestion Unknown Not reported 108
of sporulated oocyst 
in feces

Trematodes

Ascocotyle Worldwide Rats Small intestine Ingestion of metacercaria Unknown Reported 556
(Phagicola) sp. encysted in fish

Echinostoma spp. Worldwide Rats, other rodents, Small intestine, cecum, Ingestion of mollusk Enteritis Reported 557
birds (species dependent) rectum intermediate host (species dependent)

Plagiorchis spp. Worldwide Mice, rats, hamsters Intestine Ingestion of infected Unknown Common 558
snail intermediate
host

Postharmostomum helicis North America Deer mice, other rodents Cecum Ingestion of infected Typhlitis Not reported 559
snail intermediate host

Stellantchasmus falcatus Asia Rats, mice, dogs, Small intestine Ingestion of metacercaria Unknown Reported 560
cats, man encysted in fish

Cestodes

Cyclophyllidea

Cataenotaenia pusilla Africa, Europe Mice, rats, hamsters Intestine Ingestion of arthropod None Not reported 223
intermediate host

Hymenolepis citelli North America Ground squirrels, Intestine Ingestion of arthropod Unknown Not reported 561
mice, rats, intermediate host
kangaroo rats

Hymenolepis diminuta Worldwide Rats, mice, other Small intestine Ingestion of arthropod Catarrhal enteritis Reported 224
rodents, primates intermediate host

Raillietina celebensis Worldwide Wild rats, man Intestine Unknown Unknown Reported 562
Rodentolepis Worldwide Mice, cotton rats, Duodenum, biliary Ingestion of arthropod Biliary inflammation, Reported 252

(Hymenolepis) hamsters system, liver intermediate host mucosal erosion
microstoma

Rodentolepis Worldwide Mice, rats, hamsters, Intestine Direct transmission or Catarrhal enteritis, Probably not 233, 236
(Hymenolepis) nana other rodents ingestion of arthropod abscesses, focal susceptible to

intermediate host granulomatous rodent strains
lymphadenitis,
retarded growth,
weight loss, death

(Continued )
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TABLE 11.2 (Continued )

Parasite Geographic Location Method of Pathologic
distribution Hosts in host infection effects Zoonosis Reference

Larval

Echinococcus granulosis Worldwide Rodents, many Liver, lungs, brain, Ingestion of eggs passed Unapparent unless Common 563
domesticated peritoneal cavity in canine feces hydatid interferes “Hydatid disease”
mammals, primates, with local tissues
man

Echinococcus Worldwide Deer mice, voles, Liver Ingestion of eggs passed Liver cysts, death Common 564
multilocularis hamsters, lemmings, in canine feces “Hydatid disease”

other rodents, man
Taenia taeniaeformis Worldwide Mice, rats, hamsters, Liver Ingestion of embryonated Strobilocercus in liver; Reported 264

gerbils, voles, other egg passed in cat feces may cause hepatic
wild rodents sarcoma

Adult

Cataenotaenia pusilla Worldwide Mice, rats Small intestine Ingestion of intermediate None Not reported 223
host (grain mite)

Nematodes

Rhabditoidea

Strongyloides ratti Worldwide Rats Adult: duodenum, Ingestion or skin/mucosal Dermatitis Not reported 268, 269,
jejunum penetration 273

Larva: lungs
Strongyloides Americas Cotton rats Adult: intestine Ingestion or skin/ None Not reported 565, 566

sigmodontis Larva: lungs mucosal penetration
Strongyloides Worldwide Rats, mice, cotton rats, Adult: duodenum, Ingestion or skin/ Dermatitis, Not reported 291, 295

venezuelensis gerbils, hamsters jejunum mucosal penetration, pneumonia
Larva: lungs transmammary

Heterakoidea

Heterakis spumosa Worldwide Rats, mice, moles, Cecum, colon Ingestion of None Not reported 298
other rodents embryonated egg

Oxyuroidea

Aspiculuris Worldwide Mice, other rodents Cecum, colon Ingestion of Usually none Not reported 304
tetraptera embryonated egg

Syphacia muris Worldwide Rats, mice, gerbils, Cecum, colon Ingestion of Weight loss, impaired Not reported 318, 322
hamsters embryonated egg; intestinal electrolyte

retrofection transport
Syphacia obvelata Worldwide Mice, rats, hamsters, Cecum, colon Ingestion of embryonated Catarrhal enteritis, Rare 327, 330

voles, other rodents, egg; retrofection hepatic granulomas, 
primates perianal irritation
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Trichostrongyloidea

Heligmonoides murina Africa Mice Small intestine Ingestion of larva None Not reported 308
Heligmosomoides Europe, Rodents Small intestine Ingestion of larva None in Not reported 339

polygyrus North America immunologically
normal hosts

Longistriata spp. North America Rats, mice Small intestine Ingestion of larva None Not reported 308, 567
or skin penetration

Nippostrongylus Worldwide Rat, mice Small intestine Larval penetration Dermatitis, Not reported 345
brasiliensis of skin pneumonitis,

enteritis
Orientostrongylus Asia Rats Small intestine Ingestion of larva None Not reported 568

ezoensis
Trichostrongylus North America Cotton rats, rice rats Small intestine Ingestion of larva None Not reported 569

sigmodontis

Spiruroidea

Gongylonema musculi Europe Mice Esophagus, stomach Ingestion of None Not reported 308
intermediate host
(insects)

Gongylonema Worldwide Rodents, lagomorphs Esophagus, stomach Ingestion of intermediate Gastric ulcers Not reported 570
neoplasticum host (cockroaches,

mealworms, fleas)
Mastophorus spp. Worldwide Rodents Stomach Ingestion of intermediate None Not reported 571

host (cockroaches)
Physaloptera spp. Americas, Europe Rodents Stomach Ingestion of intermediate Gastroenteritis Not reported 308, 572

host (insects)
Rictularia spp. Worldwide Mice, rats, squirrels Small intestine Ingestion of intermediate None Rare 308, 573

host (arthropods)

Trichuroidea

Trichuris arvicolae Worldwide Voles Cecum, colon Ingestion of None Not reported 381
embryonated egg

Trichuris muris Worldwide Rats, mice, other rodents Cecum, colon Ingestion of None Not reported 381
embryonated egg

Calodium hepaticum Worldwide Rodents, many other Liver Ingestion of Hepatitis Reported 379, 574
(Capillaria hepatica) mammals embryonated egg

Capillaria spp. Worldwide Mice, rats, other rodents Esophagus, intestine, Ingestion of embryonated None Not reported 229, 298
small intestine, egg or ingestion
stomach (species of earthworm 
dependent) (species dependent)

Trichinella spiralis Worldwide Rats, mice, many Adult: intestinal Ingestion of encysted Enteritis Common 575
other mammals mucosa larva

Larva:  skeletal muscle,
various organs

(Continued )
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TABLE 11.2 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Acanthocephala

Moniliformis clarki North America Wild rodents, primates Small intestine Ingestion of Enteritis Not reported 576
intermediate host

Moniliformis dubius Africa, Asia, Wild rodents Small intestine Ingestion of Enteritis Reported 577
Europe intermediate host

Moniliformis Worldwide Rodents, dogs, apes Small intestine Ingestion of intermediate Enteritis, peritonitis Reported 578
moniliformis host
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TABLE 11.3 Parasites of Rats and Mice—Musculoskeletal System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Sarcocystis muris Worldwide Mice Striated and Ingestion of sporulated Cysts in muscle, Not reported 185
(cats = definitive host) smooth muscle sporocysts; myositis,

cannibalism splenomegaly
Sarcocystis dispersa, Worldwide Mice Striated and smooth Ingestion of sporulated Cysts in muscle Not reported 27

S. scotti, S. sebeki (owls = definitive host) muscle sporocysts; or through
cannibalism

Sarcocystis cymruensis Worldwide Wild rats and Cardiac and Ingestion of sporulated Cysts in muscle Not reported 191
other rodents skeletal muscle sporocysts; or through
(cat = definitive host) cannibalism

Sarcocystis singaporensis, Asia Wild rats and Muscle Ingestion of sporulated Cysts in muscle; Not reported 27, 192
S. villivillosi, other rodents sporocysts; or through protozoal pneumonia
S. zamani (snakes = definitive host) cannibalism (S. singaporensis)

Sarcocystis sulawesiensis, Asia Wild rats and other Muscle Ingestion of sporulated Cysts in muscle Not reported 27, 193,
S. dirumpens, rodents (definitive host sporocysts; or through 196
S. murinotechis unknown) cannibalism
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TABLE 11.4 Parasites of Rats and Mice—Skin and Connective Tissues.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Besnoitia spp. Americas Wild rodents Connective tissues, Ingestion of Acute, fatal or Not reported 580, 581
serosal membranes sporulated oocyst chronic disease

Cestodes

Larval

Diphyllobothrium Worldwide Wild rodents Subcutis and muscle Ingestion of first Cysts in subcutis Reported 582
(Spirometra) erinacei intermediate host and muscle (“Sparganosis”)

(crustaceans)
Mesocestoides corti Americas Wild rodents, dogs, Peritoneal cavity, Ingestion of first Cysts in liver, Reported 583

cats, other mammals liver, other organs intermediate host other abdominal 
(oribatid mites) organs; occasionally

debilitation; sometimes
ascites, death

Mesocestoides lineatus Africa, Asia, Wild rodents, dogs, Peritoneal cavity, Ingestion of first Cysts in abdominal Reported 584
Europe cats, other mammals pleural cavity intermediate host organs; occasionally 

debilitation; sometimes
ascites, death

Taenia taeniaformis Worldwide Wild rodents, lagomorphs Liver Ingestion of eggs Generally none Not reported 585
passed by definitive
host (cats)

Spirometra mansonoides Americas Deer mice, hamsters, Connective tissue Ingestion of first Cysts in connective Reported 229
voles, man intermediate host tissue, alteration of (“Sparganosis”)

(crustaceans) growth rate

Nematodes

Rhabditoidea

Pelodera Worldwide Wild rodents, Skin lesions Wound contamination Dermatitis Reported 586
strongyloides other domestic with larva

mammals, man

Metastrongyloidea

Aelurostrongylus Worldwide Wild rodents serve as Abdominal cavity Ingestion of mollusk Larval cysts in Not reported 229
abstrusus paratenic hosts; definitive (snail, slug) omentum

hosts are cats intermediate hosts

Filaroidea

Litomosoides carinii Americas Cotton rats, gerbils, rats, Adult: thoracic, Infected mites Eosinophillic Not Reported 587, 588
mice, other rodents pericardial, peritoneal inflammation

cavities
Microfilaria: blood
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Arthropods

Phthiraptera (lice)

Hoplopleura spp. Worldwide Mice, deer mice, Pelage Direct contact Pruritus, anemia; Potential vector 229, 426, 
cotton rats, voles, H. acanthopus of human 427
other rodents transmits Brucella pathogens

brucei

Polyplax borealis Europe Red-backed mice, Pelage Direct contact Irritation Not reported 589
tree voles (Phenacomys)

Polyplax serrata Worldwide Mice, European Anterior dorsal pelage Direct contact Pruritus, anemia, Potential vector 437, 440
field mice debilitation, death; of human 

vector of rodent pathogens
pathogens

Polyplax spinulosa Worldwide Rats, mice, voles, Anterior dorsal pelage Direct contact Pruritus, anemia, Potential vector 440
wild rats, guinea pigs debilitation, death; of human

vector of rodent pathogens
pathogens

Siphonaptera (fleas)

Leptopsylla segnis Worldwide Mice, rats, European Pelage Direct contact Unknown pathology; Potential vector 440
field mice, Guinea pigs intermediate host for of human

Hymenolepis pathogens
diminuta,
Rodentolepis nana

Nosopsyllus fasciatus Worldwide Rats, mice, other Pelage Direct contact Unknown pathology; Potential vector 440
rodents, man intermediate host for of human

Hymenolepis pathogens
diminuta, Rodentolepis
nana; vector of rodent
pathogens

Nosopsyllus londiniensis Worldwide Mice, rats Pelage Direct contact Unknown Not reported 590
Xenopsylla cheopis Worldwide Rats, mice, squirrels, Pelage Direct contact None; Intermediate Common; vector 440

voles, guinea pigs, host for Hymenolepis of human
rabbits, man, other diminuta, pathogens
mammals Rodentolepis nana;

vector of rodent
pathogens

(Continued )
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TABLE 11.4 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Hemiptera (bugs)

Cimex spp. Africa Small domestic Skin Direct contact Anemia, annoyance Common; 591
mammals, bats, may be vector
birds, man of Hepatitis B

Dipetalogaster maximus Mexico Wood rats Skin Direct contact Anemia Common; 592
(Baja vector of 
California) Trypanosoma 

cruzi
Panstrongylus megistus South America Wild rodents, armadillos, Skin Direct contact Anemia; vector of Common; vector 593

South American Trypanosoma cruzi of T. cruzi
opossums, man

Paratriatoma hirsuta North America Wood rats, rock Skin Direct contact Anemia Reported 594, 595
squirrels, armadillos

Rhodnius prolixus Americas Domestic animals, man Skin Direct contact Anemia; vector of Common; vector 464
T. cruzi, T. rangeli of T. cruzi

Triatoma spp. Americas Domestic animals, Skin Direct contact Anemia; vector of Common; vector 594, 596
wood rats, armadillos, Trypanosoma cruzi, of human 
man T. rangeli, T. conorhini trypanosomes

Arachnida

Mites

Astigmates

Myocoptes musculinus Worldwide Mice, guinea pigs Skin, pelage Direct contact Dermatitis, self- Not reported 485
inflicted trauma
alopecia

Notoedres spp. Worldwide Wild rodents Skin Direct contact Unknown Not reported 440, 509,
520

Notoedres muris Worldwide Rats, other rodents Skin, usually of ears Direct contact Dermatitis Not reported 515
Trichoecius romboutsi Europe, Mice Skin, pelage Direct contact Dermatitis Not reported 550

North
America

Trichoecius muris Europe Rats Skin, pelage Direct contact Dermatitis Not reported 550
Trixacarus diversus Europe Rats, mice, hamsters Skin Direct contact Scabby dermatitis, Unknown 516

alopecia

Mesostigmates

Eulaelaps stabularis Asia, Europe, Rats, mice, other rodents, Skin, pelage Direct contact None Reported; vector 480, 597
North America other small mammals, of Francisella 

man tularensis
Haemogamasus pontiger Worldwide Rats, mice, other Skin, pelage Direct contact None Reported 480

rodents, man
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Haemolaelaps spp. Worldwide Rats, mice, other Skin, pelage, plumage Direct contact None Reported 475, 480
small mammals,
birds, man

Hirstionyssus South America mice Skin, pelage Direct contact None Not reported 598
butantanensis

Laelaps echidninus Worldwide Rats, cotton rats, Skin, pelage Direct contact Vector of Reported; 475
other rodents Hepatozoon muris potential

vector of
F. tularensis

Laelaps nuttalli Worldwide Rats, mice, other rodents Skin, pelage Direct contact None Not reported 599
Liponyssoides sanguineus Worldwide Mice, rats, gerbils, Skin Direct contact Unknown Reported; vector 481

other rodents, man of Rickettsia
akari

Ornithonyssus bacoti Worldwide Rats, mice, hamsters, Skin Direct contact Anemia, death; Reported; vector 527, 528
gerbils, voles, man, vector of rodent of human 
other mammals pathogens pathogens

Prostigmates

Demodex musculi Unknown Mice Skin Direct contact None in Not reported 471–474
immunologically
competent mice

Demodex ratti Unknown Rats Skin Direct contact Unknown Not reported 600
Myobia musculi Worldwide Mice, rats, guinea pigs Skin, pelage Direct contact Dermatitis, alopecia, Not reported 485–487, 

pruritus, self-inflicted 491
dermal trauma

Psorergates simplex Worldwide Mice Hair follicles Direct contact Caseous nodules in Not reported 440, 539
skin, dermal cysts,
dermatitis of ears

Psorergates oettlei Africa Multimammate mice Skin Direct contact Scabby dermatitis, Not reported 509
alopecia

Radfordia affinis Worldwide Mice Skin, pelage Direct contact Dermatitis, alopecia, Not reported 440, 546
pruritus

Radfordia ensifera Worldwide Rats Skin, pelage Direct contact Self-inflicted Not reported 440
dermal trauma

Trombicula Europe Rats, mice, man, Skin Direct contact None Common 440
(Neotrombicula) other mammals (“chigger”)
autumnalis

Pentastomids

Porocephalus crotali Americas Cotton rats, deer mice Serosal surfaces Ingestion of eggs Cysts in viscera, Not reported 601, 602
passed by definitive mesentery,
host (pit vipers) abdominal wall,

thoracic wall
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TABLE 11.5 Parasites of Rats and Mice—Nervous, Respiratory, and Urogenital Systems.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Klossiella muris Worldwide Mice, rats Kidneys Ingestion of sporocysts Interstitial nephritis, Not reported 175
passed in urine interstitial

pneumonia,
splenomegaly

Nematodes

Trichuroidea

Capillaria papillosa Europe Rats Urinary bladder Ingestion of egg None known Not reported 453
Capillaria polonica Europe Rats Urinary bladder Ingestion of egg None known Not reported 453
Capillaria Worldwide Rats (also dogs, Urinary bladder, Ingestion of Usually none Not reported 374

(Pearsonema) plica cats, foxes) kidneys earthworm
Trichosomoides Worldwide Rats Urinary bladder, Ingestion of Masses in bladder Not reported 389, 392

crassicauda kidneys, ureters embryonated egg wall, urinary
calculi, nephritis,
pulmonary
granulomata,
eosinophilia

Trichosomoides nasalis Africa, Asia, Wild rats, grass rats, Nasal mucosa Ingestion of Rhinosinusitis Not reported 454
Europe golden hamsters embryonated egg

Spirurida

Thelazia callipaeda Asia, Europe, Rats (also found in Eyes (lacrimal Transmitted from fly Scleral congestion, Reported 455
North America rabbits, dogs, system, conjunctiva) intermediate host lacrimation, 

monkeys, man) during feeding on keratoconjunctivitis,
ocular secretions photophobia
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severe clinical disease culminating in death516. The parasite
is rarely identified, even from wild rodents. Therefore, rela-
tively little is known of its biology, treatment, or control. It
is likely that in these areas it closely resembles N. muris.
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INTRODUCTION

Laboratory hamsters continue to be used in many disci-
plines of biomedical research, including toxicology, car-
cinogenesis, behavioral analyses, and parasitology. These
animal models, particularly Syrian or golden (Mesocricetus
auratus) and Chinese (Cricetulus griseus) hamsters, are
readily available through vendors in both the United States

and Europe. It is generally accepted that rodent pathogens
may not only be hazardous for animals (and humans) but
can severely influence the results of animal experiments.
Therefore, microbiological standardization of laboratory
animals is of crucial importance1.

PROTOZOA

In hamster species, numerous protozoal species may be
present, but they are thought to be of low to no clinical sig-
nificance2. Naturally occurring protozoal infections have
been found in both normal and diseased hamsters3.

Phylum Sarcomastigophora

Giardia muris

Morphology. Giardia muris in hamsters is morphologically
indistinguishable from similar organisms found in mice4.

Hosts. Syrian hamster4,5. Results of transmission stud-
ies demonstrate that G. muris and Tritrichomonas muris
from hamsters readily establish infection in naïve mice.
These findings support the practice of keeping these species
separate until microbiologic examinations are conducted4.

Life Cycle. Giardia muris colonizes the ileum.
Trophozoites reside in the small intestine. Encystation
occurs in the course of passage out of the intestinal tract.
G. muris is transmissible to mice via infected bedding
material. The minimal infectious dose is estimated as five
to 20 viable cysts6. The prepatent period is estimated to be
eight days.

Clinical Disease and Pathologic Effects. Typically,
G. muris causes no clinical disease or pathologic changes in
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hamsters. However, an association has been found between
G. muris and metaplastic gastric sites in Syrian hamsters
co-infected with Helicobacter species7.

Diagnosis, Treatment, and Prevention. Diagnosis is
as described for giardiasis of rats and mice. Giardia muris is
more difficult to eradicate from hamsters than from mice.
Treatment with metronidazole therapy at 80 mg/day failed
to clear infection in hamsters, while a 5 mg/day regimen
has been used successfully in mice8. Intragastric dosing
with metronidazole or its benzoyl ester form (benzoyl-
metronidazole) may not be practical for large numbers of
hamsters.

Public Health Considerations. Giardia muris is not
considered zoonotic.

Spironucleus muris

Morphology. The morphology of S. muris is discussed in
Chapter 11, Parasites of Rats and Mice.

Hosts. Among hamsters, natural or experimental
hosts of S. muris include the Syrian hamster5 and the Euro-
pean hamster (Cricetulus cricetus)9.

Life Cycle. The agent has been identified in the ceca
of the Syrian hamster5. S. muris established from a hamster
was found to be infectious to mice, but not to rats10. In
addition, rat S. muris could not be used to infect hamsters,
which suggests strain heterogeneity within S. muris. In
general, the genetic background of the host influences
infection, while the sex of the host does not. The prepatent
period is estimated to be five days; the minimal infectious
dose is estimated as one viable cyst6.

Pathologic Effects. Spironucleus has been reported as
an incidental finding or as a commensal5,11. Infection may
impact host immune response and protozoa may penetrate
lamina propria of the intestinal tract, leading to desquama-
tion of the epithelial layer, edema, inflammation, and cell
death10. Proliferative ileitis and acute enteritis have been
reported11.

Clinical Disease. No overt signs have been reported
despite the pathologic changes in the intestinal tract.

Diagnosis, Treatment, Prevention, and Public
Health Considerations. These aspects are as discussed for
rats and mice.

Tritrichomonas muris

Morphology. Trichomonas cricetus and T. criceti in the Syr-
ian hamster are now believed to be synonymous with T.
muris12. The pear- to lemon- or boat-shaped trophozoites
measure 4 µ to 16 µ by 2.5 µ to 5 µ with an undulating
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membrane and three flagella13. Trophozoites can internal-
ize their flagella to form pseudocysts14, which appear as
round to oval refractile bodies, 10 µm to 12 µm in diame-
ter (Figure 12.1).

Hosts. Natural hosts of T. muris include the Armen-
ian hamster (Cricetulus migratorius)14 and Syrian hamster4.
T. wenyoni, T. minuta, and forms resembling T. microti
have also been recorded in the Syrian hamster5.

Life Cycle. The life cycle is as described in mice.
Transfaunation studies suggest that T. muris isolates are
cross-infective between mice and hamsters4. T. muris serves
as a useful biomarker of contamination in protozoa-free
rodent colonies because of its low minimal infective dose14.

Pathologic Effects and Clinical Disease. T. muris is
not believed to be pathogenic in hamsters. Neither alter-
ations in mucosal integrity nor presence of submucosal
inflammatory infiltrates have been observed14. No
detectable signs of gastrointestinal tract disease have been
reported in hamsters.

Diagnosis. Diagnosis is accomplished by fecal flota-
tion, using a sodium nitrate solution (specific gravity = 1.2).
Pseudocysts may be identified in fecal pellets suspended in
saline and treated with Lugol’s iodine or trichrome stain.

Fig. 12.1 Round refractile body (Tritrichomonas muris pseudocyst)
detected in the feces from an Armenian hamster. Reproduced from Lip-
man, N.S., Lampen, N., and Nguyen, H.T. (1999) with permission.



Histologically, numerous trophozoites and pseudocysts of T.
muris may be observed in tissue sections and contents of the
cecum and colon of hamsters.

Treatment and Prevention. T. muris may be success-
fully eradicated from the intestinal tract using a regimen of
80 mg of metronidazole administered intragastrically for
six days4. Hamsters should be evaluated while in quaran-
tine, prior to admission into the animal colony, particu-
larly if known to be of conventional health status.

Public Health Considerations. None.

Phylum Microsporidia

Encephalitozoon cuniculi

Encephalitozoon cuniculi, an obligate intracellular
microsporidian, has recently been reclassified as a fungus.
E. cuniculi has been reported from hamsters under natural
and experimental conditions15,16. There is little informa-
tion concerning the life cycle, morphologic features, diag-
nosis, and treatment of this pathogen in hamsters. The
reader is directed to Chapter 11, Parasites of Rats and Mice
for information on encephalitozoonosis in rodents.

CESTODES

Rodentolepis nana

Morphology. The morphology of Rodentolepis (formerly
Hymenolepis) nana is described in Chapter 11, Parasites of
Rats and Mice.

Hosts. R. nana has been found in the small intestine of
Mesocricetus auratus17-23. Mice, rats, nonhuman primates,
and humans are additional susceptible hosts. In addition to
R. nana, hamsters are susceptible to infection with R. citelli,
R. microstoma, R. peromysci, and Hymenolepis diminuta18.

Life Cycle. The life cycle of R. nana is similar to its
life cycle in mice.

Pathologic Effects and Clinical Disease. Catarrhal
enteritis, chronic enteritis, abscesses of mesenteric lymph
nodes, and hyperplasia of Peyer’s patches have been
observed in infected hamsters18. Heavy infestations may
cause diarrhea and a pot-bellied appearance in young ham-
sters19. Clinical signs may include constipation due to
worms in the small intestine20. Heavy infestation may
cause impaction and death.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in feces or finding adults in the gastroin-
testinal tract of the host at postmortem examination23.
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Recommended treatments include praziquantel or thi-
abendazole2. Other reports describe niclosamide as a safe
and effective treatment22. Preventive and control measures
are similar to those described for mice, and include isola-
tion and quarantine of newly acquired animals, effective
insect and wild-rodent control, and regular sanitation of
cages and ancillary equipment23.

Public Health Considerations. This pathogen can
cause zoonotic disease; therefore, personnel23 and pet
owners should receive instruction in appropriate hygienic
practices.

NEMATODES

Syphacia criceti

Morphology. Adult Syphacia criceti are slender worms
(Figure 12.2). The esophagus is bulbed, and the male pos-
sesses a single spicule. Adult males are approximately
1,500 µ in length and approximately 94 µ in width. Adult
females are approximately 3,500 µ in length and 210 µ in
width. Eggs are approximately 116 µ by 46 µ in size17.

Hosts and Life Cycle. The Syrian hamster is the nat-
ural host of S. criceti17. The life cycle is direct, and is similar
to other members of the genus. Adult worms are found in
the small intestine.

Pathologic Effects and Clinical Disease. Syphacia
criceti is not considered pathogenic, and clinical signs are
not observed following natural infection.

Treatment and Prevention. Ivermectin, piperazine,
and thiabendazole are reported to be effective against S.
criceti2. Prevention strategies are similar to those estab-
lished for other members of the genus.

Public Health Considerations. S. criceti is not infec-
tive to humans.

Syphacia mesocriceti

Morphology. Adult Syphacia mesocriceti are small, thick
worms (Figure 12.3). Like S. criceti, the esophagus is
bulbed and the adult male possesses a single spicule. Adult
males are approximately 1300 µ in length and approxi-
mately 85 µ in width. Adult females are approximately
4500 µ in length and 167 µ in width. Eggs are approxi-
mately 135 µ by 45 µ in size17.

Hosts and Life Cycle. The Syrian hamster is the nat-
ural host of S. mesocriceti17. The life cycle is direct, and
similar to those of others members of the genus. Adult
worms are observed in the small intestine.



Fig. 12.2 Syphacia criceti. (A) Male, whole body, lateral view. Bar = 0.08 mm. (B) Anterior portion of male, lateral view. Bar = 0.02 mm. (C) Head
of female, “en face” view. Bar = 0.01 mm. (D) Eggs “in utero.” Bar = 0.03 mm. (E) Posterior extremity of male, lateral view. Bar = 0.02 mm. (F) Pos-
terior portion of male, lateral view. Bar = 0.07 mm. Bar of Figure A, common to Figures B–F. Reproduced from Pinto, R.M., Goncalves, L., Gomes,
D.C., and Noronha, D. (2001) with permission.
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Fig. 12.3 Syphacia mesocriceti. (A) Male, whole body, lateral view. Bar = 0.10 mm. (B) Anterior portion of female, lateral view. Bar = 0.03 mm. (C)
Eggs “in utero.” Bar = 0.02 mm. (D) Head of female, “en face” view. Bar = 0.01 mm. (E) Posterior portion of male, lateral view. Bar = 0.02 mm. Bar
of Figure A, common to Figures B–E. Reproduced from Pinto, R.M., Goncalves, L., Gomes, D.C., and Noronha, D. (2001) with permission.

403



Pathologic Effects and Clinical Disease. Hamsters
infected with S. mesocriceti do not appear to suffer patho-
logic effects, nor are any clinical signs evident.

Diagnosis. Oxyurid eggs are rare in the feces of hosts,
and anal swab devices may fail to detect the larvae. Post-
mortem identification of worms or eggs harvested from
the intestinal tract is often required.

Treatment and Prevention. No information is avail-
able concerning these aspects of control. It can be assumed
that treatment and prevention strategies used to manage
other rodent pinworm infections would also be successful
against S. mesocriceti.

Other pinworm infections

In addition to those discussed above, hamsters are also
susceptible to infection with other rodent pinworms.
These include Dentostomella translucida from the Mongo-
lian gerbil (Meriones unguiculatus)24; Syphacia obvelata, the
mouse pinworm21,25,26; and Syphacia muris, the rat pin-
worm26.

ARTHROPODS

Class Insecta

Nosopsyllus fasciatus

Hamsters are potentially susceptible to infestation by sev-
eral species of flea; many of these have been reported27.
The rat flea, Nosopsyllus fasciatus, may be of particular con-
cern within the animal facility, as an intermediate host for
Rodentolepis nana28. The biology and control of flea infes-
tation is as discussed in other chapters of this text, particu-
larly, Chapter 11, Parasites of Rats and Mice, and Chapter
10, Parasites of Birds.

Class Arachnida

Demodex aurati and D. criceti

Morphology. Adult Demodex criceti range in size from
87.4 µ to 103.4 µ in length and 17µ to 33.6 µ wide, while
adult D. aurati range in size from 183.1 µ to 191.9 µ in
length and 16.8 µ to 25 µ wide29.

Hosts. The Syrian hamster is the natural host for
these Demodex species29,30. The Djungarian (Phodopus
sungorus) and Roborovski (Phodopus roborovskii) hamsters
are also susceptible32. Mites are more frequently observed
on male hosts than females20,32,33.
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Life Cycle. The life cycle is direct, and is similar to
Demodex sp. infesting other species of laboratory animals.
The entire life cycle is spent on host31. Transmission occurs
through direct contact between animals. Mites are trans-
ferred to offspring at time of suckling. D. criceti is found in
epidermal pits that rarely extend into the dermis. This
species is not typically found within hair follicles. In con-
trast, D. aurati is commonly found in the pilosebacious
system and hair follicles20. Eggs are laid singly near the
openings of sebaceous glands; upon hatching, larvae pene-
trate into hair follicles and develop into nymphs. The life
cycle requires approximately 24 days for each species.

Pathologic Effects. While these mites are normally of
low pathogenicity, demodicosis is occasionally associated
with dermatitis in affected hamsters. The abdominal skin
and dorsum are most commonly affected32. Fewer lesions
are seen with D. criceti than with D. aurati.

Clinical Disease. Pruritus is an uncommon finding
in hamsters with demodicosis30. Advanced age, malnutri-
tion, concurrent disease, and the presence of tumors may
predispose hamsters to clinical disease32,33. Though rarely
associated with signs, one may observe dorsal alopecia with
ventral excoriations, roughened hair coat, scaly dermatitis,
and edema34.

Diagnosis. Demodicosis may be diagnosed using a
standard skin scrape method. The scrape must be deep
enough to cause slight erythema to the skin. The scraped
material is placed on a slide with a few drops of warmed
10% potassium hydroxide, cover-slipped, allowed to sit 10
minutes, and then examined microscopically34. Histologic
sections of skin and hair follicles may assist in the identifi-
cation of acariasis. Presence of Demodex sp. in association
with lesions does not necessarily establish a cause and
effect relationship23.

Treatment. Effective treatments include ivermectin
and amitraz. Ivermectin can be administered (0.3 mg/kg
daily by mouth) for 24 days. Treatment failures may occur,
requiring retreatment32. Affected hamsters can be bathed
in mild soap (e.g. selenium sulfide shampoo) and towel
dried prior to treating with a dilute solution of amitraz
(e.g. 0.013%). The solution is applied topically with a cot-
ton ball and allowed to dry naturally. Hamsters should not
be dipped20. Three to six topical treatments 14 days apart
are recommended20. Subsequent miticidal treatment with
coumaphos may be necessary to completely cure lesions30.

Prevention. Hamster colonies should be maintained
in a generally healthy condition, with strict adherence to
sanitation protocols. Clinically affected animals should be
eliminated.



Public Health Considerations. Demodex aurati and
D. criceti are not zoonotic.

Demodex cricetuli

Morphology. Demodex cricetuli was previously incorrectly
identified in Armenian hamsters as D. aurati, which it
closely resembles29. Adult males are approximately 173 µ
in length, with a rectangular gnathosoma. Adult females
are roughly 192 µ in length. Leg structure, size, and spac-
ing along the podosoma are similar to the male. Eggs are
spindle-shaped, non-operculate, and 110 µ long by 32 µ
wide. Detailed descriptions are available for all forms of
the parasite, including the egg, larva, protonymph,
nymph, and adult35.

Hosts and Life Cycle. The Armenian hamster is the
natural host of D. cricetuli. The life cycle is similar to those
of other members of the species. Mites occupy hair
follicles, particularly on the dorsum of the face and back.
Mites reside in the cavity of the follicles. A single follicle
can harbor several mites.

Pathologic Effects. Infestation with D. cricetuli may
result in destruction of hair shafts, hyperkeratosis, paraker-
atosis, and lengthening of rete pegs33. Additional lesions
include hyperemia of skin and mild serum exudation on
the skin surface.

Clinical Disease. Clinical signs include pruritus, scal-
ing dermatitis, and complete or partial alopecia of the cer-
vical, shoulder, and mandibular regions33.

Diagnosis, Treatment, and Prevention. Diagnosis is
by deep skin scrapings as described for other members of
the genus35. Treatment is with topical ivermectin
(0.3mg/kg for 10 days). Animals are considered to be cured
if skin lesions have resolved, and the results of microscopic
examination of skin scrapings have remained negative for
three months32. Methods for preventing infestation are as
described for other members of the genus.

Public Health Considerations. Demodex cricetuli is
not zoonotic.

Demodex sinocricetuli

Morphology. Demodex sinocricetuli has been described for
all of its life stages36. This mite is most similar to D. aurati,
yet the following distinguishes D. sinocricetuli: the length
of adult males and females are similar in size and shorter,
the nymph body length is shorter, and immature forms do
not have ventral scutes36. Adult males are approximately
120 µ ± 8.5 µ in length and adult females are approxi-
mately 138.9 µ ± 11.8 µ in length36.
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Hosts and Life Cycle. The striped hamster (Cricetu-
lus barabensis) is the natural host for D. sinocricetuli. The
life cycle is similar to that of other members of the genus.

Pathologic Effects and Clinical Disease. Demodex
sinocricetuli may occasionally cause dermatitis and local-
ized mange36,37.

Diagnosis, Treatment, and Prevention. Diagnosis is
as reported for other members of the genus. Little informa-
tion is available regarding treatment of D. sinocricetuli. It is
assumed that ivermectin, as previously described, is effec-
tive. Methods for preventing infestation are as described
for other members of the genus.

Public Health Considerations. Demodex sinocrice-
tuli is not zoonotic.

Haemogamosus pontiger

Haemogamosus pontiger is similar to mites in the genera
Dermanyssus and Ornithonyssus. H. pontiger has been
identified in the bedding of pet hamsters. Treatment
includes a change of bedding materials and the addition of
5% carbaryl (Sevin™) dust to the bedding for one week38.

Notoedres sp.

Rarely, hamsters may become infested with Notoedres sp.
(Figure 12.4)39,40. Skin lesions may become severe, and are
observed on the ear pinnae, face, genitalia, tail, and limbs
(Figure 12.5)40. Clinical signs include severe pruritus, ery-
thema, crusts, and hyperpigmentation. Treatment with
ivermectin has been successful in many, but not all, cases40.
Infestation of hamsters with Notoedres sp. is similar to that
described for Notoedres sp. infestations of mice. Additional

Fig. 12.4 Notoedres mite, characterized by a dorsal anus. Skin scrap-
ing; chloral lactophenol. Bar = 0.025 mm. Reproduced from Beco, L.,
Petite, A., and Olivry, T. (2001) with permission.
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Spleorodens clethrionomys

Spleorodens (Paraspeleognathopsis) clethrionomys is a
prostigmatid mite found in the nasal passages of the
Syrian hamster44. The mite has also been found in the
nasal passages of bank voles (Clethrionomys glareolus) and
field voles (Microtus agrestis) in Europe44. The adult
female mite is 300 µ to 360 µ (mean = 336 µ) and 114 µ
to 198 µ (mean = 135 µ) wide44. Adult mites are milky
white in color and oval in shape, with their greatest width
at the humoral region behind the second coxa. The dorsal
surface of the mite bears a shield with thick and heavy
lines. There are four pairs of legs. In the larval mite, the
tarsus of the third pair of legs bears a characteristic claw.
The preferred site is on the mucosa in the posterior parts
of the nasal cavities.

Pathogenic effects are unknown. Likewise, clinical
signs have not been reported. Infestation with S. clethrion-
omys is an incidental finding at necropsy. Nothing is
known of treatment and prevention strategies. Spleorodens
clethrionomys is not known to inhabit the nasal passages of
humans.

information concerning the biology and treatment of
Notoedres infestation can be found in Chapter 11, Parasites
of Rats and Mice.

Ornithonyssus bacoti

Though typically a parasite of rats, Ornithonyssus bacoti
may also infest hamsters (Figure 12.6)41,42, in which it may
act as an intermediate host for Litomosoides carinii, a filarial
nematode parasite. Typically, no clinical signs are observed.
Ivermectin may be used to eliminate the infestation42. The
reader is directed to Chapter 11, Parasites of Rats and Mice,
for additional information concerning this parasite.

Radfordia sp.

Radfordia cricetulphila and R. cricetulus have been described
in the Chinese hamster43. Little is known of the biology or
pathogenicity of these mites. It is likely that the conditions
they cause are similar to those caused by other members of
the genus. The reader is directed to Chapter 11, Parasites of
Rats and Mice, for information concerning Radfordia sp.

Fig. 12.5 Hamster with lesions of Notoedres infestation on its face and
feet. Severe crusting can be observed on the muzzle, ears, and extremi-
ties. Reproduced from Beco, L., Petite, A., and Olivry, T. (2001) with
permission.

Fig. 12.6 Adult female Ornithonyssus bacoti. Reproduced from Fox,
M.T., Baker, A.S., Farquhar, R., and Eve, E. (2004) with permission.



TABLE 12.1 Parasites of Hamsters—Enterohepatic and Respiratory Systems.

Parasite Geographic Hosts Location Method of Pathologic Zoonosis Reference
Distribution in Host Infection Effects

Flagellates

Caviomonas mobilis North America Guinea pigs, Cecum Ingestion of organism None Not reported 45
hamsters passed in feces

Chilomastix sp. Worldwide Mice, rats, Cecum Ingestion of cysts None None 46
hamsters passed in feces

Enteromonas hominis Worldwide Primates, hamsters, Cecum Ingestion of organism None Reported 47
rats, rabbits passed in feces

Giardia muris Worldwide Mice, rats, hamsters, Anterior small Ingestion of cysts Enteritis, villus Not reported 48
other rodents intestine passed in feces changes

Giardia simoni Worldwide Rats, hamsters Anterior small Ingestion of cysts None in hamsters Not reported 47
intestine passed in feces

Hexamastix muris Worldwide Rats, hamsters, Cecum Ingestion of organism Villus changes Not reported 47
other rodents passed in feces

Monocercomonoides sp. North America Rats, hamsters Cecum Ingestion of organism None Not reported 47
passed in feces

Octomitus pulcher Worldwide Mouse, rat, hamster, Cecum Ingestion of organism None Not reported 47
squirrel, other passed in feces
rodents

Pentatrichomonas Worldwide Primates, mice, rats, Cecum, colon Ingestion of organism None Reported 49, 50
hominis hamsters, dogs, passed in feces

cats, cattle, primates
Spironucleus muris Worldwide Rats, mice, hamsters, Small intestine, Ingestion of cysts None in Not reported 9

other rodents cecum passed in feces hamsters
Tetratrichomonas North America Voles, hamsters, mice, Cecum Ingestion of organism None Not reported 13

microti rats, other rodents passed in feces
Trichomitus wenyoni North America Mice, rats, hamsters, Cecum, colon Ingestion of organism None Not reported 51

rhesus monkeys, passed in feces
baboons

Tritrichomonas criceti North America Hamsters Cecum, colon Ingestion of organism None Not reported 52
passed in feces

Tritrichomonas minuta North America, Mice, rats, hamsters Cecum, colon Ingestion of organism None Not reported 47
Europe passed in feces

Tritrichomonas muris Worldwide Rats, mice, hamsters, Cecum, colon, Ingestion of None Not reported 14
other rodents small intestine “pseudocyst”

(Continued)
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TABLE 12.1 (Continued)

Parasite Geographic Hosts Location Method of Pathologic Zoonosis Reference
Distribution in Host Infection Effects

Amoebae

Entamoeba muris Worldwide Mice, rats, hamsters Cecum, colon Ingestion of cysts None Not reported 53
passed in feces

Cestodes

Cyclophyllidea

Hymenolepis Worldwide Rats, mice, hamsters, Small intestine Ingestion of arthropod Catarrhal enteritis Reported 54
diminuta other rodents, intermediate host

primates
Rodentolepis citelli North America Ground squirrels, Intestine Ingestion of arthropod Unknown Not reported 55

hamsters, mice, intermediate host
rats, kangaroo rats

Rodentolepis nana Worldwide Mice, rats, hamsters, Intestine Direct transmission or Catarrhal enteritis, Probably not 17
other rodents ingestion of arthropod abscesses, focal susceptible to

intermediate host granulomatous rodent strains
lymphadenitis,
retarded growth,
weight loss, death

Rodentolepis Worldwide Mice, cotton rats, Duodenum, biliary Ingestion of arthropod Biliary inflammation, Reported 56
microstoma hamsters system, liver intermediate host mucosal erosion

Rodentolepis peromysci Worldwide Deer mice (Peromyscus), Small intestine Ingestion of arthropod Unknown Not reported 57
hamsters, other rodents intermediate host

Nematodes

Oxyuroidea

Syphacia criceti Worldwide Hamsters Small intestine Ingestion of None Not reported 17
embryonated egg

Syphacia mesocriceti Worldwide Hamsters Small intestine Ingestion of None Not reported 17
embryonated egg

Syphacia muris Worldwide Rats, mice, gerbils, Cecum, colon Ingestion of Weight loss, Not reported 58
hamsters embryonated impaired

egg; retrofection intestinal
electrolyte
transport

Syphacia obvelata Worldwide Mice, rats, hamsters, Cecum, colon Ingestion of Catarrhal enteritis, Rare 59
voles, other rodents, embryonated hepatic granulomas,
primates egg; retrofection perianal irritation
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Trichostrongyloidea

Heligmosomum Asia Hamsters Small intestine Ingestion of larva Unknown Not reported 60
juvenum

Spirurida

Gongylonema Worldwide Rodents, lagomorphs Esophagus, stomach Ingestion of intermediate Gastric ulcers Not reported 61
neoplasticum host (cockroaches,

mealworms, fleas)
Mastophorus sp. Worldwide Spiny mice (Acomys), Stomach Ingestion of intermediate Unknown Not reported 62

voles (Microtus), host (cockroaches)
hamsters, other rodents

Trichuroidea

Trichosomoides nasalis Africa, Asia, Wild rats, grass rats, Nasal mucosa Ingestion of Rhinosinusitis Not reported 63
Europe golden hamsters embryonated egg

Arachnida

Mites

Prostigmatids

Spleorodens Europe Voles, hamsters Nasal mucosa Direct contact Unknown Not reported 44
clethrionomys
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TABLE 12.2 Parasites of Hamsters—Skin and Connective Tissue.

Parasite Geographic Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference
Distribution

Arachnida

Mites

Astigmates

Notoedres sp. Europe, Hamsters Skin, usually of ears Direct contact Dermatitis Not reported 39
North America

Mesostigmates

Haemogamasus Worldwide Rats, mice, hamsters, Skin, pelage Direct contact None Reported 64
pontiger other rodents, humans

Ornithonyssus Worldwide Rats, mice, hamsters, Skin Direct contact Anemia, death; Reported; 65
bacoti gerbils, voles, humans, vector of rodent vector of human

other mammals pathogens pathogens

Prostigmates

Demodex aurati Worldwide Hamsters Pilosebacious system, Direct contact Dermatitis, Not reported 29, 66
hair follicles hyperpigmentation,

alopecia
Demodex criceti Worldwide Hamsters Epidermal pits Direct contact Dermatitis, alopecia Not reported 29, 31, 66
Demodex cricetuli Worldwide Armenian hamsters Hair follicles Direct contact Alopecia, Not reported 35

(Cricetulus migratorius) hyperkeratosis,
hyperemia

Demodex sinocricetuli Asia Striped hamsters Pilosebacious system, Direct contact Dermatitis Not reported 36
(Cricetulus barabensis) hair follicles

Radfordia cricetuliphila Europe Striped hamsters Skin Direct contact Unknown Not reported 67
(Cricetulus barabensis)
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INTRODUCTION

This chapter focuses on rodents of the genus Meriones,
with primary emphasis on the Mongolian gerbil, Meriones
unguiculatus. This is the species most often encountered in
the laboratory setting or pet trade. Other members of the
genus occasionally encountered include M. persicus, M.
rex, M. meridianus, M. crassus, and M. sacramenti. In
nature, gerbils inhabit arid regions from China to the
Middle East and Russia1.

Mongolian gerbils are generally healthy creatures with
few viral or bacterial infections2. Likewise, gerbils serve as
natural hosts for only a small number of host-specific para-
sites3. In the animal facility, most internal and external para-
sites found in or on gerbils have been acquired from other

rodent species. For that reason, parasites primarily associated
with other host species are covered elsewhere in the text.

When evaluating treatment options for gerbils, the
practitioner often must extrapolate from experience gained
in treating parasitisms of other rodent species. Physiologic
differences between species, in functions such as water con-
sumption, must be considered when extrapolating treat-
ments from one host species to another. For most drugs, the
safety of treatments in gerbils has not been verified, so the
practitioner should proceed deliberately but with caution.
Initial treatment trials on small numbers of animals are
warranted prior to treating the general population.

PROTOZOA

Gerbils are uncommon hosts of protozoan parasites. The
enteric flagellates Tritrichomonas caviae and Giardia sp.
have occasionally been found in gerbils3–5. Regarding the
latter, gerbils are considered highly susceptible to infection
with human forms of Giardia sp.2. Gerbils may also
become infected with Entamoeba sp.3. Relatively little is
known of the biology of these protozoa in gerbils. Addi-
tional studies are necessary to determine whether gerbils
are susceptible to experimental infection with additional
species of protozoa common to other laboratory rodents.

CESTODES

Hymenolepis diminuta

There is a single report of natural infection of a gerbil with
Hymenolepis diminuta, the rat tapeworm3. The reader is
directed to Chapter 11, Parasites of Rats and Mice, for a
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more complete description of the biology and clinical
aspects of H. diminuta.

Rodentolepis nana

Morphology. A complete description of the morphology of
Rodentolepis nana (Syn. Hymenolepis nana) is presented in
Chapter 11, Parasites of Rats and Mice. A natural outbreak
of R. nana, commonly called the “dwarf” tapeworm, has
been reported in pet gerbils6. In this report, worms recov-
ered from naturally infected gerbils were 10 mm to 45 mm
long and bore a scolex, suckers, and hooked rostellum6.

Hosts and Life Cycle. Rodentolepis nana has been
reported in mice, rats, humans, hamsters, and gerbils. The
life cycle of R. nana is discussed in Chapter 11, Parasites of
Rats and Mice. Briefly, the life cycle is unique among ces-
todes in that it may be direct or indirect. Arthropods serve
as intermediate hosts in the indirect life cycle. However,
ingestion of eggs can lead to direct infection. Patency is
reached in 20 to 30 days6.

Pathologic Effects. Natural infection of gerbils with
R. nana results in small intestinal distension. Microscopic
lesions include enteritis of the small intestinal lamina pro-
pria, possibly in response to larvae.

Clinical Disease. While death was the presenting
sign in the single naturally occurring outbreak, it could not
be proven that R. nana was a direct cause of the mortality6.

Diagnosis, Treatment, and Prevention. Diagnosis is
as described for mice. Because of its zoonotic potential,
treatment of pet gerbils infected with R. nana has not been
recommended6. There are no published guidelines for
treating gerbils infected with R. nana. The reader is
directed to Chapter 11, Parasites of Rats and Mice for
information concerning elimination of R. nana in other
rodent species. Due to zoonotic potential the reader must
consider whether the best course of action is removal of the
infected gerbils and their euthanasia.

Public Health Considerations. It remains uncertain
whether gerbil and human isolates of R. nana are cross-
infective. Until this uncertainty is resolved, animal workers
should use personal protection when handling infected
animals or contaminated waste. Contaminated feed and
bedding should be incinerated.

NEMATODES

Aspiculuris tetraptera

The mouse (Mus musculus) is the natural host for Aspicu-
luris tetraptera. The susceptibility of gerbils to infection
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with A. tetraptera is considered low7. Gerbils infected with
A. tetraptera develop neither lesions nor clinical disease.
Other aspects of the biology and treatment of A. tetraptera
are covered in Chapter 11, Parasites of Rats and Mice.

Dentostomella translucida

Morphology. Dentostomella translucida is in the superfamily
Oxyuroidea, family Heteroxynematidae, and subfamily
Heteroxynematinae8,9. Dentostomella translucida has a cylin-
drical, elongated body, with cervical inflations of the cuticle.
The cuticle is thick, transparent, and transversely striated.
Two lateral longitudinal ridges extend the full length of the
body8,9. D. translucida is a relatively large nematode. As orig-
inally described from the great gerbil, Rhombomys opimus
Lichtenstein, females are 21.8 mm to 40.4 mm long and
males are 14.2 mm to 18.3 mm long10. Specimens collected
from Mongolian gerbils are typically smaller, with females
ranging from 9.6 mm to 31 mm long and 0.38 mm to 1
mm wide, while males are 6.1 mm to 13.l mm long and
0.37 mm to 0.53 mm wide (Figure 13.1)8,11.

In both sexes, the mouth is without lips and there are
five unequal teeth per esophageal sector. Females have a
long, evenly proportioned body ending in a conical to
bluntly rounded tail. The vulva is a transverse slit located
cranial to the midbody. It opens into a thick walled, cra-
nially directed vagina vera. This continues as a vagina ute-
rina until it turns caudally as an unpaired uterine tube.
The uterine tube remains narrow caudal to the vulva, but
then widens into a common egg chamber, which divides
into two uteri. The uteri are confined to the caudal half of
the body. The anus is located near the caudal end of the

Fig. 13.1 Female (larger) and male Dentostomella translucida engaged
in copulation. From work associated with Berger, D.M. (1991) with
permission.



body. In males, a swelling of the cuticle cranial to the
cloaca forms a fleshy bursa (approximately 0.5 mm to 0.73
mm in length), which ends before the tip of the tail. Males
have a single, weakly sclerotized spicule that is rounded on
lateral view and bifid in ventral view. There are four pairs
of caudal papillae8.

The eggs of D. translucida are asymmetrically oval,
flattened on one side, with one end more fusiform, and
measure 115 µ to 140 µ by 30 µ to 60 µ . The asymmetry is
only evident on lateral view9,11,12. In dorsoventral view the
egg of D. translucida could be confused with that of
some other pinworms (e.g., Aspiculuris tetraptera). The sur-
face layer of the eggshell is relatively thick and contains pits
or bumps. Ultrastructural studies using scanning electron
microscopy have shown that D. translucida eggs have an
operculum that is located near one pole on the curved
side of the egg9. This is the second species of the genus
Dentostomella for which an operculum has been described.
This structure was not visible by either transmission elec-
tron microscopy or light microscopy9. A rupture of the
external layer of the shell (resulting in a bulging out of
internal layers of the eggshell) or a distinct suture line was
seen in the same area when eggs incubated in potassium
dichromate were examined by light microscopy (Figure
13.2)12. These were located near the more fusiform pole on
the curved side of the egg the same location from which
larvae hatched in vitro. Splitting of the external layer in this
area did not affect the development of the larvae, and the
eggshell never ruptured in other areas12.

Hosts. Dentostomella translucida is the common pin-
worm of gerbils. It has been reported from the great gerbil
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(Rhombomys opimus Lichtenstein) in Middle Asia (Ka-
zakhstan, Turkmenia, Uzbekistan, and Tadzhikistan)10,13–15,
the rough-legged jerboa (Dipus sagitta Pallas), the midday
gerbil (Meriones meridianus Pallas)13, and the wild rodent
(Mastomys fumatus Peters) in Yemen16. The first record of D.
translucida from the Mongolian gerbil involved laboratory
animals from three commercial sources11. Dentostomella
translucida apparently has not been reported from the Mon-
golian gerbil under natural conditions. For example, none of
the 193 animals examined in the Buriat Autonomous Soviet
Socialist Republic were found to be infected17. D. translu-
cida has been reported from laboratory-reared golden ham-
sters (Mesocricetus auratus)18.

Attempts to transmit D. translucida to laboratory
mice via embryonated eggs suspended in moist food and
to prairie voles (Pitymys ochrogaster Wagner) and lemmings
(Dicrostonyx groenlandicus Traill) via dosing with embry-
onated eggs have not resulted in infections7,12.

Life Cycle. The life cycle is direct. Adult and juvenile
Dentostomella are found in the small intestine, preferen-
tially in the anterior third, with fewer found in the middle,
and lowest counts in the posterior third11,12. This is an
unusual location for pinworms of laboratory rodents. In
other species this parasite has been found in additional
organs. It has been reported to occur in the stomach of
golden hamsters18 and in the stomach, small intestine, and
large intestine of great gerbils10,14.

Typically, fewer than 10 worms are found in a single
gerbil11,12,19. However, pregnancy and lactation may allow
for increased worm burdens. In one study, a pregnant and
a lactating gerbil each were infected with 40 D. translucida,
whereas the number of worms in other females ranged
from zero to 1212. The prepatent period is 23 to
29 days11,12,19. Egg laying is intermittent, but large num-
bers of eggs are typically found when fecal samples are
positive11,18, 20.

In vitro embryonation studies have been performed in
liquid mediums (tap water, water containing enzymes, or
0.5% to 1% potassium dichromate) at 37°C or room tem-
perature (20°C to 23°C)9,12,19. Aside from some differ-
ences in rate of development attributable in part to
differences of temperature, the descriptions of the
sequence of development of the embryos were similar
among the studies. In one study, after five days of incuba-
tion at room temperature, <10% of eggs underwent
embryonation, whereas 90% did so with 10 days incuba-
tion19. In another study, only eight days of incubation at
room temperature were required for embryonation, and

Fig. 13.2 Jagged suture line (arrow) at fusiform end of egg. Dark
debris obscures a portion of the suture line toward the interior of the
egg, 400�. Reproduced from Berger, D.M. (1991) with permission.
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histologic lesions in the intestines of infected gerbils11.
Others have reported finding eosinophils, lymphocytes, and
plasma cells in the lamina propria, with thickening of the vil-
lus tips19. In a third study, eosinophils were seen in the non-
glandular stomach as well as the small intestine; however, the
level of eosinophilia did not correlate with the presence of
nematodes or their numbers12. No evidence of either
intralaminar migration or larval migration in other abdomi-
nal organs has been seen12,19. Dentostomella translucida does
not cause clinical signs even in heavily parasitized gerbils11,12.

Diagnosis. D. translucida may be diagnosed by fecal
flotation. Due to the relatively desiccated nature of gerbil
feces, fecal pellets should be soaked prior to performing
flotations11. Presoaking fecal pellets to soften them, fol-
lowed by mashing them in flotation solution, improves
recovery. Detection of infection in fecal specimens in
which pellets are simply rinsed or agitated in flotation
solution is unlikely12. Although ova have been occasionally
detected by cellophane-tape impressions of the perineum,
this is presumed to be due to incidental contamination11.
Post-mortem diagnosis is made by examining the small
intestine for the presence of adult or larval nematodes.

Treatment. Fenbendazole-medicated feed (150 ppm)
is an effective, reliable, and practical treatment for eradi-
cating D. translucida from gerbils21. Provision of mebenda-
zole by oral gavage (2.2 mg in 1 ml tap water, daily for five
days) is also reported to be an effective, though more labor
intensive, treatment19. Ineffective treatments include: top-
ical misting with ivermectin (1 mg/ml solution), iver-
mectin-medicated drinking water (0.005 mg/ml water),
and piperazine citrate-medicated drinking water (4 mg/ml
deionized water)21.

Prevention. Changing cages more than once per
week may prevent re-infection12,19.

Public Health Considerations. This parasite is not
known to infect humans22.

Syphacia muris

The rat is the natural host of S. muris. Gerbils and other
rodents are occasional hosts2,23. No gerbil-specific S. muris
strains are known. Gerbils are considered transitory hosts,
who clear infections as they mature24. Infection with S.
muris is not associated with pathologic effects or clinical
signs in gerbils. However, gerbils may serve as a source of
S. muris for other susceptible species23. Other aspects of
the biology and treatment of S. muris are covered in Chap-
ter 11, Parasites of Rats and Mice.

for animals to become infected12. In the latter study, the
gross development and behavior of larvae were studied
during four separate incubation trials. At laying, the eggs
contained a grainy appearing embryo that consisted of an
aggregation of cells situated in the center of the egg
(Figure 13.3). When incubated at 20°C to 23°C, a short,
thick larva (82 µ by 27 µ ) with markedly blunt ends devel-
oped in two to three days. Between days seven and eight of
in vitro incubation, the caudal end of the larvae emerged
first, and some were seen encased in a molted cuticle
(Figure 13.4). Hatching in vivo occurs soon after ingestion
of embryonated eggs19.

Pathologic Effects and Clinical Disease. In one study,
infection with D. translucida was not accompanied by

Fig. 13.3 Appearance of embryo at the time of removal of the egg
from the uterus (lateral view), 400�. From work associated with
Berger, D.M. (1991) with permission.

Fig. 13.4 Ensheathed (arrows), fully emerged larva, 400�. From
work associated with Berger, D.M. (1991) with permission.



Syphacia obvelata

The natural host of Syphacia obvelata is the mouse. Gerbils
and many other rodents may serve as occasional
hosts7,11,25. Neither pathologic nor clinical signs have been
reported in gerbils. Infected gerbils may transmit S. obve-
lata to mice or other susceptible rodent species25. Infection
of gerbils with S. obvelata is transient, because as gerbils
mature, their infections frequently are lost25. Other aspects
of the biology and treatment of S. obvelata are covered in
Chapter 11, Parasites of Rats and Mice.

ARTHROPODS

Class Insecta

Nosopsyllus laeviceps kuzenkovi

Nosopsyllus laeviceps kuzenkovi, sometimes called the gerbil
flea, is a blood-sucking flea. It has been found on gerbils in
Asia26,27. Relatively little is known of the biology of this
flea, or of strategies for its elimination. It is important to
correctly identify the species of all fleas found on gerbils,
because N. l. kuzenkovi may serve as a vector for Yersinia
pestis, the causative agent of plague26,27.

Class Arachnida

Demodex merioni

Morphology. Demodex merioni (Syn. D. meriones) has
only been reported twice28,29. In one report, only the body
shape was described. Some individuals had a short
opisthosoma, resembling that of D. criceti, while others
had a long tapered opisthosoma, resembling that of D.
aurati29. It is possible that D. merioni is synonymous with
either D. criceti or D. aurati.

Hosts. Demodex are considered to be highly host-spe-
cific30. However, if the mites described as D. merioni are
actually D. criceti or D. aurati, cross-species infestation
may occur between hamsters and gerbils. Further studies
are required to address this issue.

Life Cycle. The life cycle of D. merioni is presumed to
be similar to those of other members of the genus.
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Pathologic Effects and Clinical Disease. In one
reported clinical case, a debilitated four-year-old male ger-
bil developed alopecia, scaliness, hyperemia, and multifo-
cal ulcerations at the base of the tail, and to a lesser extent
on the rear legs29. Mites were recovered from these areas.
Focal ulceration, bacterial colonization, and hyperkeratosis
were identified in histologic sections. In other species,
presence of Demodex in lesions does not necessarily mean
that the parasite is the cause of the lesion. Advanced age or
other causes of debilitation are believed to be necessary for
marked clinical signs to manifest29,30. It is presumed that
this is also true for gerbils.

Diagnosis. Microscopic examination of deep skin
scrapings reveals mites. The likelihood of detection may be
increased by application of heat to the excised skin,
because heat causes D. criceti and D. aurati to come to the
surface of the skin, and possibly to climb hair shafts30.

Treatment and Prevention. Therapies specific to ger-
bils infested with Demodex sp. have not been described.
Those used in other species presumably would be effective,
but caution should be observed in initial trials to verify
safety and efficacy30. Provision of supportive therapy to
improve general health status, clipping fur over lesions,
and bathing in acaricidal dips has been suggested24.

Public Health Considerations. D. merioni is not
considered a human pathogen.

Liponyssoides sanguineus

Liponyssoides sanguineus is a sucking mite of mice, rats, and
the spiny mouse (Acomys sp.)31. The reader is directed to
Chapter 11, Parasites of Rats and Mice for a complete dis-
cussion of this parasite. In a single report, this parasite was
found on two Mongolian gerbils and on a group of Egypt-
ian gerbils (Meriones libycus)32. No clinical signs were
observed31. Liponyssoides sanguineus is a vector of Rickettsia
akari, the organism that causes Rickettsial pox in humans31.

Tyrophagus castellani

Tyrophagus castellani is a forage or food mite that was
observed during blood collection in one study group of
gerbils3. Little is known of its biology. It is not considered a
pathogen.



TABLE 13.1 Parasites of Gerbils.

Parasite Geographic Hosts Location Method of Pathologic Zoonosis Reference
distribution in host infection effects

Flagellates

Entamoeba sp. Worldwide Gerbils Intestine Ingestion of cyst in feces None Not reported 3
Giardia sp. Worldwide Gerbils, other rodents Small intestine Ingestion of cyst in feces None Not reported 5
Tritrichomonas caviae Worldwide Guinea pigs, gerbils Cecum, colon Ingestion of organism None Not reported 3

passed in feces

Cestodes

Hymenolepis diminuta Worldwide Rats, mice, gerbils, Small intestine Ingestion of arthropod Catarrhal enteritis Reported 3, 32
other rodents, primates intermediate host

Rodentolepis Worldwide Mice, rats, gerbils, Intestine Direct transmission Catarrhal enteritis, Unknown 6
(Hymenolepis) nana other rodents or ingestion of abscesses, focal susceptibility

arthropod intermediate granulomatous to gerbil strains
host lymphadenitis,

retarded growth,
weight loss, death

Nematodes

Aspiculuris tetraptera Worldwide Mice, gerbils, other Cecum, colon Ingestion of Usually none Not reported 7
rodents embryonated egg

Dentostomella Worldwide Gerbils Small intestine Ingestion of Localized Not reported 8, 9
translucida embryonated egg eosinophilia

Syphacia muris Worldwide Rats, mice, gerbils, Cecum, colon Ingestion of Weight loss, impaired Not reported 23
hamsters embryonated egg, intestinal electrolyte

retrofection transport
Syphacia obvelata Worldwide Mice, rats, hamsters, Cecum, colon Ingestion of Catarrhal enteritis, Rare 7, 25

voles, gerbils, other embryonated egg, hepatic granulomas,
rodents, primates retrofection perianal irritation

Arthropods

Insecta

Nosopsyllus laeviceps Worldwide Gerbils Skin Direct contact Unknown Not reported, 26
kuzenkovi known vector

of Yersinia pestis

Arachnida

Mites

Mesostigmatids

Liponyssoides Worldwide Mice, rats, gerbils, Skin Direct contact Unknown Reported, vector 31
sanguineus other rodents, humans of Rickettsia 

akari
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Prostigmatids

Demodex sp. North America Mongolian gerbils Skin Direct contact Alopecia, scabby Not reported 28
dermatitis

Nonparasitic

Tyrophagus Worldwide Mammals Periocular Direct contact Possible allergic Not reported 3
castellani dermatitis
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INTRODUCTION

Guinea pigs continue to serve as useful models of many
human diseases and conditions. They are susceptible to
experimental infection or infestation with a variety of para-
sites naturally found in or on other animals; therefore they
are frequently used as models of parasitic infections and
infestations, including those caused by protozoa,
helminths, and arthropods. These experimental infections
and infestations are not discussed in this chapter, but the
interested reader is referred to the biomedical literature for
additional information.

PROTOZOA

Numerous protozoans have been described in guinea pigs;
large intestinal flagellates and ciliates are the most numer-
ous. These rarely cause disease, and are commonly consid-
ered part of the normal intestinal fauna. Other protozoans,
for which the guinea pig serves as a natural or accidental
host, may cause disease and can interfere with experimen-
tal studies.

Phylum Sarcomastigophora

Class Mastigophora

Intestinal flagellates of guinea pigs have direct life cycles
and typically inhabit the lumen of the cecum and colon,
where they feed on bacteria, undigested plant material,
starch, and soluble nutrients1. In general, intestinal flagel-
lates are considered nonpathogenic. However, no quantita-
tive studies have been performed on the relationship
between cecal fauna and host physiology.

Identification of most cecal flagellates is difficult with-
out proper training and correct handling of specimens.
Examination of fecal smears is the most common technique
used for detecting motile organisms. For rapidly moving
organisms, agents such as methylcellulose will increase water
viscosity, thus slowing the organisms for better viewing2.
Fresh smears can also be fixed in appropriate fixative (e.g.,
Schaudinn’s fixative, Bouin’s fixative) and stained with iron
hematoxylin and protargol silver protein. Fresh smears,
smears mixed with methylcellulose or nickel sulfate, and
smears fixed in the vapors of 3% osmium tetroxide should
be examined using phase contrast or differential interference
microscopy. Because proper identification depends, in part,
on the siderophilic or argyrophilic structures, good prepara-
tions of both kinds of stains are critical1,2.
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Because cecal flagellates may be part of the normal gut
fauna of guinea pigs, treatment to reduce or eliminate
these organisms is of questionable value. Transmission
can be reduced by adhering to strict hygiene for those
species that develop cysts. The route of transmission is
unclear for those that do not form cysts. However, guinea
pigs removed from their mothers within 15 minutes of
birth are free of flagellates3, indicating some maternal con-
tact or contact with fecal matter may be important in
transmission.

Transfaunation experiments seem to indicate that
guinea pig flagellates do not readily infect other common
laboratory animals such as rats, mice, or golden hamsters.
However, natural infections of at least one species of
guinea pig flagellate (Caviomonas mobilis) in golden ham-
sters have been reported. In addition, guinea pigs became
infected after oral administration of Octomitus marmotae
from a ground hog (Marmota monax) and Tetratri-
chomonas microti from a mouse3. Neither of these species
has been reported from naturally infected guinea pigs, and
it is unknown whether guinea pigs harboring their normal
cecal fauna would become infected. Although it appears
unlikely that healthy guinea pigs would easily become
infected with flagellates from other hosts, it seems prudent
to maintain separate housing of host species to ensure
that cross-transmission does not occur. Human infections
with intestinal flagellates of guinea pigs have not been
reported.

Caviomonas mobilis
Caviomonas mobilis (Figure 14.1) is a small flagellate that
lives in the cecum of the guinea pig. Trophozoites are
ovoid to elongate in shape with the anterior end more
rounded than the posterior end and measuring 2.2 µ to 6.6
µ long by 2 µ to 3.3 µ wide (average: 4.2 µ long by 2.9 µ
wide). The single vesicular nucleus, which does not con-
tain a nucleolus, is located in the anterior extremity.
A single flagellum, two to three times the body length,
originates near the nucleus. The peristyle arises near the
nucleus, extends posteriad along the body surface, and
terminates at the posterior end of the body. There are no
cytostomes, contractile elements, mitochondria, or
Golgi body, and the endoplasmic reticulum is reduced.
Feeding is by pinocytosis and phagocytosis4,5. Cysts
have not been reported. Caviomonas mobilis has been
reported from 11% (6/56) of asymptomatic guinea pigs in
the United States4. Although experimental oral adminis-
tration of trophozoites did not result in infections of
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golden hamsters3, natural infections with C. mobilis in this
host have been reported6.

Chilomastix intestinalis
Species of the genus Chilomastix are piriform, with a
rounded anterior end and tapered posterior end. The
nucleus is round, with a large, ventral cytostome situated
adjacent to it. Four basal bodies are present at the anterior
pole of the cytostome from which the three anterior flagella
and one cytostomal flagellum arise. Cysts are formed7.
Chilomastix intestinalis trophozoites (Figure 14.2) measure
8.8 µ to 28 µ long by 6.6 µ to 11 µ wide (average: 19.4 µ
long by 8.1 µ wide). The cytostome is in the shape of a “fig-
ure 8.” A tongue-like process is present on the right
cytostomal lip. The nucleus is located one-half to two-
thirds its diameter below the anterior end of the body. The
cytoplasm contains vacuoles of varying sizes. Cysts are ellip-
soidal or lemon-shaped, measuring 9 µ to 11 µ long by 6.6
µ to 9.9 µ wide7.

Chilomastix intestinalis was detected in 45% (25/56)
of guinea pigs examined in the United States7 and has been
reported in guinea pigs from Africa, Asia, and South
America1,8. Rats and golden hamsters are not susceptible
to infection with C. intestinalis3.

PARASITES OF GUINEA PIGS 423

Chilomastix wenrichi
Chilomastix wenrichi trophozoites are smaller than those of
C. intestinalis, and measure 7.5 µ to 12 µ long by 4 µ to 5 µ
wide (average: 10.1 µ long by 4.3 µ wide). The cytostome
lacks a tongue-like process, the nucleus is located more
anteriorly than for C. intestinalis, and the cyst formed is
smaller than that of C. intestinalis4,7.

Chilomastix wenrichi has only been reported from
guinea pigs in the United States, where it was detected in
12% (7/59) of asymptomatic guinea pigs examined7. As
with C. intestinalis, rats are not susceptible3.

Chilomitus caviae
Chilomitus caviae (Figure 14.3) is ellipsoidal in shape, with
a convex dorsal surface and straight or concave ventral sur-
face. Trophozoites measure 6 µ to 14 µ long by 3.1 µ to 4.6
µ wide (average: 11.2 µ long by 4.4 µ wide). Immediately
below the blepharoplast is an ovoid nucleus without a
nucleolus. A ring-shaped parabasal body is present, located
on the left ventral side of the nucleus. The parabasal body
may be equal to or exceed the nucleus in size. Three ante-
rior free flagella and one recurrent flagellum, all of which

Fig. 14.1 Caviomonas mobilis. Reproduced from Nie, D. (1950) with
permission.

Fig. 14.2 Chilomastix intestinalis. Reproduced from Nie, D. (1948)
with permission.
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are slightly longer than the body and of about equal
length, arise from the blepharoplasts located at the base of
the antero-ventral funnel. The flagella remain adherent to
each other throughout their course in the funnel, but sepa-
rate after reaching the exterior. A very delicate, rudimen-
tary axostyle is present. Siderophilic bodies are present
within the cytoplasm. No pelta is present and cysts do not
occur4.

Chilomitus caviae has been found in the cecum and
colon of guinea pigs in the Americas, Europe, and India9. In
one report, C. caviae was found in 24% (20/84) of guinea
pigs examined4. Chilomitus caviae does not infect rats3.

Chilomitus conexus
Chilomitus conexus measures 3.8 µ to 6.6 µ long by 1.3 µ to
1.8 µ wide (average: 5.2 µ long by 1.7 µ wide). The tunnel-
shaped depression is located about one-third of the body
length from the anterior end, with a slight outward protru-
sion and variable depth. Immediately below the blepharo-
plast is a densely staining nucleus. A small, round to
ring-shaped parabasal body is located lateral to the
nucleus. A well developed axostyle, originating from the
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blepharoplast, extends to the posterior end but does not
protrude. Intracytoplasmic, siderophilic bodies are also
present4. Chilomitus conexus inhabits the cecum and
colon, and was found in 1.2% (1/84) of guinea pigs exam-
ined4. Chilomitus conexus does not infect rats nor golden
hamsters3.

Enteromonas caviae
Enteromonas caviae (Syn. Enteromonas fonsecai) (Figure
14.4) trophozoites are piriform in shape and measure 3 µ
to 5.5 µ long by 2.3 µ to 4.4 µ wide (average: 4 µ long by 3
µ wide). The vesicular nucleus is located in the anterior
portion of the body and may or may not contain a nucleo-
lus. Two blepharoplasts, which give rise to four flagella
(three anterior and one recurrent), and a funis are present.
The three anterior flagella are unequal in length, and the
recurrent flagellum is slightly longer than the body. Repro-
duction is by binary fission. Cysts are formed4.
Enteromonas caviae has only been reported from guinea
pigs in the United States and Europe1,4. In one study, 7%
(6/84) of guinea pigs were infected4. Rats are not suscepti-
ble to infection with E. caviae3.

Giardia duodenalis
Morphology. Giardia duodenalis (Syn. Giardia caviae, G.
intestinalis, G. lamblia) isolates recovered from guinea pigs
were formerly named G. caviae when Giardia spp. were
named according to the host from which they were

Fig. 14.3 Chilomitus caviae. Reproduced Nie, D. (1950) with
permission.

Fig. 14.4 Enteromonas caviae. Reproduced from Nie, D. (1950) with
permission.
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recovered. This parasite is bilaterally symmetrical and
dorso-ventrally flattened with a pear-shaped body. A con-
cave ventral sucking disc occupies almost the entire anterior
portion of the body. Two anterior vesicular nuclei with
nucleoli, two axostyles, four pairs of flagella, and a pair of
median bodies are present. The trophozoites measure 8 µ to
14 µ long by 5.6 µ to 10.1 µ wide (average: 10.7 µ long by
7.2 µ wide)10. Cyst measurements have not been reported.

Hosts and Life Cycle. Giardia duodenalis has been
found in guinea pigs in most regions of the world1,11,12.
Although the life cycle has not been specifically described
for this parasite in the guinea pig, in other mammals, G.
duodenalis is transmitted by the fecal-oral route and
through ingestion of feed and/or water contaminated with
cysts. Cysts form within the intestinal tract and are passed
with the feces. Within each cyst are two trophozoites,
which leave the cyst after ingestion, attach to the brush
border of the intestinal tract, and multiply through binary
fission13. Trophozoites can also be passed with the feces,
particularly during acute infections. This can also result in
transmission of the parasite if ingested shortly after excre-
tion. However, cysts are more resistant to external environ-
mental conditions and are the stage most often responsible
for continued transmission. The prepatent period is
reported to be five to 16 days13.

Pathologic Effects and Clinical Disease. Tropho-
zoites colonize the anterior small intestine, primarily the
duodenum. Overt disease in guinea pigs has only been
reported on one occasion, during quarantine of a group of
15 animals12. Diarrhea was not evident, but some animals
became weak and moribund, and one died. Animals
housed in the same cage were euthanized and necropsied.
Histologically, mild inflammatory lesions were present in
the duodenum and jejunum, and villar height was
decreased. Cystic enlargement of the duodenal crypts was
also present. Numerous Giardia sp trophozoites were
detected in the duodenal contents.

Diagnosis. Diagnosis is by microscopic examination
of direct fecal smears for trophozoites and cysts. Smears
should be prepared in normal saline within minutes of
fecal collection. Lugol’s iodine may be added to help visu-
alize structures; however, motility will be lost because
iodine kills trophozoites. Centrifugal or simple fecal flota-
tion can also be used to detect cysts. Zinc sulfate is the rec-
ommended flotation medium. Saturated sugar also works
well, although the appearance of the cysts will differ from
those found with zinc sulfate flotation. The cyst wall
remains intact but the organism will retract into a half-
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moon shape inside the cyst when saturated sugar is used as
the floatation medium.

Numerous test kits using immunofluorescent anti-
bodies are commercially available for the detection of cysts
in feces. Although there are no reports using these tests in
guinea pigs, they have been used in the detection of Giar-
dia spp. in a wide variety of vertebrates13,14. However,
because Giardia spp. are shed intermittently in the feces, it
is possible that any of these methods may fail to detect
infection. Therefore, multiple tests are recommended
before declaring an animal to be negative for Giardia
cysts13. Direct saline smear of scrapings of the duodenum
can also be used to detect trophozoites at necropsy.

Treatment and Prevention. Metronidazole (20 to 40
mg/kg every 12 hours per os), and fenbendazole (20 mg/kg
every 24 hours for 5 days) have been recommended for
treatment of infections in guinea pigs15. Infections can be
prevented through the use of proper sanitation. Cysts tend
to survive best under cool, wet conditions, so keeping areas
dry is important. Cysts are susceptible to a variety of disin-
fectants including quaternary ammonium compounds,
Lysol (2% to 5%), Sterinol (1%), or sodium hypochlorite
(1%)15,16. Cleaning cages with hot water at temperatures
achieved by most cage washers also destroys cysts.

Public Health Considerations. Currently, it is
unknown whether the genotype of G. duodenalis found in
guinea pigs can infect humans. However, the greatest
zoonotic risk is considered to be from isolates found in
genotype Assemblage A, the assemblage to which G. duo-
denalis from guinea pigs belongs17.

Hexamastix caviae
Species of the genus Hexamastix are generally piriform in
shape, although considerable variation may occur. A pelta,
blepharoplast, and parabasal body are present. The
axostyle is well developed and protrudes beyond the poste-
rior end of the body. The number of anterior flagella is
variable (two to five) and may be related to degree of matu-
rity4. One recurrent flagellum is also present. Reproduc-
tion is by binary fission. No cysts are formed4,18.

Hexamastix caviae trophozoites (Figure 14.5) measure
3.8 µ to 10 µ long (which includes the protruding
axostyle) by 3.3 µ to 4.7 µ wide (average: 6.5 µ long by 4 µ
wide). The anterior flagella vary in length; they are approx-
imately equal to or longer than the length of the body. The
recurrent flagellum is longer than the anterior flagella. An
angular nucleus containing a nucleolus is immediately
posterior to the blepharoplast. H. caviae moves in a rapid,

34442 Ch 14 421-450.qxd  3/28/07  1:26 PM  Page 425



erratic fashion in fresh preparations. The anterior flagella
are usually united and beat back and forth, whip-like. The
pellicle is not rigid, accounting for the variablity in shape4.
In one study, H. caviae was detected in 11% (9/84) of
guinea pigs examined4. Rats orally administered this para-
site failed to develop infection3.

Hexamastix robustus
Hexamastix robustus is larger than H. caviae. It measures
6.6 µ to 13.5 µm long, including the protruding axostyle,
by 3.5 µ to 7.5 µ wide (average: 10.2 µ by 5.2 µ wide). The
nucleus is rounded to elongate-oval in shape, and the
parabasal body is indistinct4. Hexamastix robustus was
found in 14% (12/84) of guinea pigs examined4, but, like
H. caviae, is not infective for rats3.

Leishmania enriettii
Morphology. Amastigotes of Leishmania enriettii are usu-
ally ellipsoidal in shape and larger than other leishmanial
species, measuring 3 µ to 7 µ long by 2 µ to 3 µ wide (aver-
age: 5.2 µ long by 2.5 µ wide). The nucleus, kinetoplast,
and rudimentary flagellum are visible in stained smears.
Cultured promastigotes measure 8 µ to 10 µ long by 3 µ to
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4 µ wide and the flagellum measures 10 µ to 14 µ in
length.

Hosts. Natural infection with L. enriettii is restricted
to guinea pigs19. Attempted experimental transmission to
mice, wild guinea pigs (Cavia aperea), dogs, rhesus mon-
keys, and humans have been unsuccessful, although a
small skin lesion with a few amastigotes was produced in
one of eight hamsters. It is possible that the failure to pro-
duce visible skin lesions in the wild guinea pig does not
equate with susceptibility to infection because there are
species of Leishmania that produce significant lesions in
laboratory animals but are benign in the natural, wild
hosts20. While L. enriettii was originally isolated from
spontaneously infected laboratory guinea pigs, all other
records of natural infections involve farmed guinea pigs.

Life Cycle. Little is known of the life cycle of L. enri-
ettii. Members of the genus have indirect life cycles and all
known vectors are phlebotomine sandflies. The natural
vector for L. enriettii is unknown. The sandflies Phleboto-
mus gomezi and Lutzomyia monticola have been experimen-
tally infected21,22. However, transmission of L. enriettii did
not occur when organisms from the sandflies were inocu-
lated into the skin of an uninfected guinea pig.

Pathologic Effects and Clinical Disease. Within
one to two weeks of inoculation, L. enriettii causes the
development of a cutaneous nodule at the site of entry.
The nodule enlarges and the overlying skin becomes kera-
totic. Parasites may disseminate hematogenously to other
parts of the body, so that organisms may be found in
regional lymph nodes shortly after infection. In naive
guinea pigs, lesions in the acute stage are characterized by a
central ulcer surrounded by a zone of heavily parasitized
macrophages. Extensive necrosis of parasite-laden
macrophages occurs at four to five weeks. Cutaneous
ulcers are common on the feet, ears, nose, and genitalia.
Ulcers occur by four weeks and reach maximum size
(approximately 2 cm diameter and 4 mm thick) within six
to seven weeks. Intact macrophages are not present in the
ulcerated core of the lesion, but numerous extracellular
parasites are present. Peripheral to the lesions at four weeks
are plasma cells, lymphocytes, and multinucleated giant
cells. By seven weeks, the giant cells are absent and fibro-
blasts are present, indicating resolution of the lesion,
which can be complete by 10 weeks23.

Infection with L. enriettii is characterized by a delayed-
type hypersensitivity response. The reaction appears early
in infection, peaks at midpoint, and remains detectable for
a considerable period of time after recovery. The response

Fig. 14.5 Hexamastix caviae. Reproduced from Nie, D. (1950) with
permission.
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accompanies the appearance of sensitized lymphocytes that
respond in vitro to leishmanial antigens, producing lym-
phokines which, in turn, activate macrophages. These acti-
vated macrophages are then responsible for destruction of
the organisms24.

Diagnosis and Treatment. Detection of L. enrietii is
by identification of amastigotes on histological examination
of lesions. Culture of organisms in a number of defined
media may also be used19,20. Treatment of natural infections
has rarely been reported and success has been sporadic19.

Public Health Considerations. There is no evidence
that L. enrietti can infect humans. This fact, coupled with the
ease in which it can be experimentally transmitted and the
large numbers of easily identifiable amastigotes produced in
the skin lesions of guinea pigs, made this parasite-host system
a popular model for studies on cutaneous leishmaniasis.

Monocercomonas caviae
Species of Monocercomonas are piriform to ellipsoidal in
shape with a rounded anterior end. A pelta, parabasal
body, blepharoplast, axostyle, and nucleus with no nucleo-
lus are present. Three anterior flagella and one recurrent
flagellum are present, equal to or 1.5 times the length of
the body. There are no cysts formed4. Monocercomonas
caviae (Syn. Monas caviae, Heteromita caviae, Trichomastix
caviae, Eutrichomastix aguti) (Figure 14.6) trophozoites
measure 4.4 µ to 8.5 µ long by 2.2 µ to 4.3 µ wide (aver-
age: 6 µ long by 3.1 µ wide). The axostyle protrudes from
the body approximately 1 µm, with the protrusion ending
in a sharp point. In fresh preparations, M. caviae moves in
an erratic, rapid fashion similar to other flagellates. Some
variability in body shape occurs; however, the pellicle is
somewhat rigid, thereby minimizing variability4. Monocer-
comonas caviae has been detected in guinea pigs in the
United States, Europe, and Brazil1,4,25. In one study, 35%
(29/84) of guinea pigs were infected4. Rats are not suscep-
tible to infection with M. caviae3.

Monocercomonas minuta
Monocercomonas minuta is smaller than either M. caviae or
M. pistillum, measuring 2.6 µ to 6.0 µ long by 2 µ to 2.7 µ
wide (average: 4.2 µ long by 2.3 µ wide). The indistinct
axostyle does not protrude from the body. Monocercomonas
minuta was detected in 11% (9/84) of guinea pigs examined
in the United States4. Rats are not susceptible to infection3.

Monocercomonas pistillum
Monocercomonas pistillum is morphologically and biologi-
cally similar to M. caviae, though slightly smaller in size,

PARASITES OF GUINEA PIGS 427

measuring 4 µ to 6.5 µ long by 3 µ to 3.6 µ wide (average:
5.4 µ long by 3.3 µ wide). The axostyle does not end in a
point as it does in M. caviae but in a squarely terminated
stump4. Monocercomonas pistillum was detected in 5%
(4/84) of guinea pigs examined in the United States4. Rats
are not susceptible to infection3.

Monocercomonoides caviae
Species of the genus Monocercomonoides have an anterior
nucleus, two pairs of flagella, a pelta, blepharoplasts, and
an axostyle. One to four strandlike, argyrophilic funises
extend backward just beneath the body surface. There is
neither a cytostome nor a parabasal body. Cysts are not
formed4. Monocercomonoides caviae (Syn. Monocercomonas
caviae; M. hassalli) trophozoites (Figure 14.7) are ovoid to
subspherical, and measure 4 µ to 8 µ long by 2.7 µ to 6.6 µ
wide. The nucleus, with central nucleolus, is located at the
anterior end. Three funises are present4. Monocer-
comonoides caviae has been detected in guinea pigs from

Fig. 14.6 Monocercomonas caviae. Reproduced from Nie, D. (1950)
with permission.
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measure 3.3 µ to 11.5 µ long by 3 µ to 8.4 µ wide (average:
6.6 µ long by 5.2 µ wide). The nucleus is anterior, with a
marginal nucleolus. A single funis is closely adhered to the
posterior flagellum4.

Proteromonas brevifilia
Proteromonas brevifilia trophozoites (Figure 14.8) are
spindle-shaped and measure 4.5 µ to 9 µ long by 1.6 µ to
4.4 µ wide (average: 6.8 µ long by 3.2 µ wide). The
trophozoite contains two blepharoplasts, which give rise to
two flagella, one anterior and one trailing. The nucleus,
which does not contain a nucleolus, is located in the
middle portion of the anterior half of the body. A paranu-
clear body is immediately adjacent to the nucleus and is
approximately its equal in size. No cyst stage is formed4.
This nonpathogenic species is known only from the guinea
pig. It has been detected in 3% (2/70) of guinea pigs in
France and 5% (3/56) of guinea pigs in the United States.
It has also been detected in guinea pigs in Czechoslovakia1.

Retortamonas caviae
Retortamonas caviae (Syn. Embadomonas caviae) tropho-
zoites are piriform or fusiform, and measure 4 µ to 7 µ long
by 2.4 µ to 3.2 µ wide (average: 5.5 µ long by 2.8 µ wide)26.
The nucleus is located at the anterior end of the body and
may or may not contain a nucleolus. The cytostome is
immediately behind the nucleus. Two blepharoplasts are
present, which give rise to two flagella, one anterior and one
recurrent, both of which are usually shorter than the body.
Food vacuoles may be present within the cytoplasm. Cysts
occur, and contain one or two nuclei, flagella, and
cytostomal fibrils. Cysts measure 3.4 µ to 5.2 µ long by 3.3
µ to 3.6 µ wide (average: 4.2 µ long by 3.5 µ wide)26. Retor-
tamonas caviae has been found in guinea pigs in Asia and
Europe1, and in two surveys, was detected in 27% (14/52)
and 9.5% (8/84) of guinea pigs from the United States4,26.
Rats are not susceptible to infection with R. caviae3.

Tritrichomonas caviae
Tritrichomonas caviae (Syn. Trichomonas caviae, T. flagel-
liphora) is one of the largest intestinal flagellates of the
guinea pig. Tritrichomonas caviae is ovoid, piriform, or kid-
ney shaped, and measures 10 µ to 22 µ long by 6 µ to 11 µ
wide. At the anterior end is a large blepharoplast complex
from which arise three flagella, which are usually shorter
than the body. A recurrent flagellum is present and forms
the edge (marginal filament) of the undulating membrane
and trails beyond it. A costa and ribbon-like parabasal body
are present. The cylindrical, rod-shaped axostyle comes to a

Brazil and Czechoslovakia1 as well as in 46% (39/84) of
guinea pigs from the United States4. Rats are not suscepti-
ble to infection with M. caviae3.

Monocercomonoides exilis
Monocercomonoides exilis trophozoites are piriform to
rounded in shape. It is the smallest species of the genus in
guinea pigs, measuring 3.5 µ to 8.8 µ long by 2.5 µ to 5.5
µ wide (average: 5.5 µ long by 3.5 µ wide). The nucleus,
with a rounded, central nucleolus, is not located as far
anteriorly as in other members of the genus. A single funis,
associated with the recurrent flagellum, is present4. Mono-
cercomonoides exilis has been found in guinea pigs in the
United States4.

Monocercomonoides quadrifunilis
Monocercomonoides quadrifunilis trophozoites are piriform
in shape, although other forms occur. This parasite mea-
sures 3.5 µ to 13.2 µ long by 3.3 µ to 11 µ wide. The
nucleus, with a crescent-shaped, marginal nucleolus, is
located at the anterior end. Four funises are present and are
closely adherent to the flagella4. Monocercomonoides quadri-
funilis has been found in guinea pigs in the United States.

Monocercomonoides wenrichi
Monocercomonoides wenrichi is biologically similar to M.
caviae. Trophozoites are ovoid to globular in shape, and

Fig. 14.7 Monocercomonoides caviae. Reproduced from Nie, D.
(1950) with permission.
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point a short distance after protruding from the posterior
end of the body. A chromatic ring with two to three turns
surrounds the axostyle where it emerges from the body. A
structure reported initially to be the pelta has since been
determined to be an extension of the axostylar capitulum27.
Dorsal to the axostyle is the 5-µm by 3 µm, oval to ellipsoid
nucleus, which contains a nucleolus. Numerous granules
and vacuoles fill the cytoplasm4. There is no cyst stage.

Tritrichomonas caviae is cosmopolitan in distribution,
having been detected in guinea pigs from Asia, Europe, and
North and South America1. Wenrich25 cultured T. caviae
from 8% (1/13) of guinea pigs, while Faust28 found it in
32% (13/41) of guinea pigs examined. This parasite has
also been detected in all of a group of eight Mongolian ger-
bils (Meriones unguiculatus)29. Tritrichomonas caviae is not
infectious to rats (Rattus norvegicus) or golden hamsters
(Mesocricetus auratus)3. Tritrichomonas caviae is found

PARASITES OF GUINEA PIGS 429

primarily in the cecum, but has also been detected in the
duodenum, jejunum, and lower ileum9. Rarely, T. caviae
has been associated with tissue invasion and ulceration of
the cecum and colon1. However, infection has not resulted
in clinical signs.

A smaller (8-µ to 13-µ long by 4.5-µ to 6.5-µ wide)
trichomonad was described from material collected from a
single guinea pig4. Although morphologically distinct
from T. caviae, the species was not named and the author
considered the guinea pig to be an accidental host.

Reclassified organisms
Colpodella edax Colpodella edax (Syn. Spiromonas
angusta) has only been reported once from guinea pigs28.
Recent evidence indicates this species, as with other mem-
bers of the genus, is a predatory, non-endoparasitic flagel-
late30,31. Consequently, the parasitic nature of C. edax in
guinea pigs is questionable.

Oikomonas termo. Oikomonas termo has been detected
in the feces of guinea pigs in the former Soviet Union as
well as in France1. However, like other members of the
genus, this species is a free-living protozoan commonly
found in water32. Consequently, O. termo is considered to
be coprozoic rather than parasitic33.

Selenomonas ruminantium. Selenomonas ruminantium
(Syn. Ancyromonas ruminantium, Selemonastix ruminan-
tium, Selenomonas palpitans) has been found in the ceca of
guinea pigs1,9,28 as well as the ceca of pigs and the rumen of
goats, sheep, and other herbivorous mammals34,35. These
organisms are not protozoans; rather, they are anaerobic,
Gram-negative, motile bacteria with flagella attached to
the concave side of the cell36,37.

Sphaeromonas communis. Sphaeromonas communis has
been reported from guinea pig feces1 as well as rumen fluid
of a variety of hosts and is considered a part of the normal
ruminant gut flora38. Studies have shown that this
organism, however, is a fungus rather than a protozoan38.

Class Sarcodina

Endolimax caviae
Trophozoites of E. caviae measure 4.8 µ to 6.7 µ long by 5.2
µ to 7.8 µ wide (average: 5.5 µ long by 6.6 µ wide). The
nucleus is spherical, measuring 1.2 µ to 2 µ in diameter. No
cysts have been observed4,28, 39. Endolimax caviae has only
been reported in the cecum of guinea pigs. Wenrich25 found
it in 8% (1/13) and Nie4 found it in 18% (15/84) of guinea

Fig. 14.8 Proteromonas brevifilia. Reproduced from Nie, D. (1950)
with permission.

34442 Ch 14 421-450.qxd  3/28/07  1:26 PM  Page 429



pigs in the United States. It has also been found in Asia1.
Cross-transmission attempts to rats have been unsuccessful3.
Smears of intestinal contents or feces made in normal saline
can be used to detect live amoebae. Use of either phase con-
trast or differential interference contrast microscopy aids in
visualizing the trophozoites. Staining with Lugol’s iodine
also helps; however, this will kill the organism. Zinc sulfate
flotation may also be used to concentrate cysts. Positive
identification should be made from stained smears1.

Entamoeba caviae
Entamoeba caviae (Syn. Entamoeba cobayae) trophozoites
measure 10.5 µ to 20 µ in diameter (average: 14.4 µ). The
ectoplasm is not clearly differentiated from the endoplasm.
The nucleus is ringlike, measuring 2.8 µ to 5 µ in diame-
ter4. Cysts are rarely formed, and measure 11 µ to 17 µ in
diameter (average: 14 µ) with eight nuclei when
mature28,40. Entamoeba caviae was found in the ceca of
14% (12/84) of guinea pigs examined in the United
States4, while others found it in 46% (6/13) of animals
examined in Germany41. Entamoeba caviae has also been
reported from guinea pigs in France, England, and
Venezuela1,28. Attempts to infect rats experimentally have
not been successful3,40. Entamoeba caviae can be detected
with the same techniques used for Endolimax caviae.

Phylum Apicomplexa

Class Coccidia

Cryptosporidium wrairi
Morphology. Oocysts of C. wrairi measure 4.8 µ to 5.6 µ
long by 4 µ to 5 µ wide (average: 5.4 µ long by 4.6 µ
wide)42. Oocysts contain four sporozoites when passed.

Hosts. Thirteen species of Cryptosporidium are cur-
rently recognized, including C. wrairi43. Occasionally con-
sidered to be a variant of C. parvum, recent evidence
indicates C. wrairi is a separate species44,45. The species
name was derived as an acronym for the Walter Reed Army
Institute of Research46. Although experimental infections
with C. wrairi have been established in some laboratory
mice, lambs, and calves, natural infections only occur in
the guinea pig42,43,47. Rat snakes (Elaphe obsoleta) appear to
be refractory to infection with C. wrairi48.

Life Cycle. The life cycle is essentially as described for
other directly transmitted apicomplexan parasites15,46.
Infections in guinea pigs 16 weeks and older may last for as
little as one week, while infections in younger animals can
last longer46,49.
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Pathologic Effects. Lesions tend to be most promi-
nent in the small intestine (Figure 14.9). Acute infections
are characterized by erosions, inflammation, hyperemia
and edema of the lamina propria, and hyperplasia of crypt
epithelium. Chronic infections are characterized by villous
atrophy and bridging, metaplasia of the mucosal epithe-
lium, and lymphocyte infiltration of the lamina pro-
pria49–51. Emaciation is a common finding at necropsy51.

Fig. 14.9 Cryptosporidium sp. in a guinea pig. (Top) Organism
(arrows) embedded in the striated border of the ileum. (Bottom) Ileal
mucosa. Note infiltration of inflammatory cells. Reproduced from
Jervis, H.R., Merrill, T.G., and Sprinz, H. (1966) with permission.
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Clinical Disease. Clinical signs may be lacking in
guinea pigs infected with C. wrairi46,50. Clinical signs are
more common in juvenile animals versus adults51. The most
common clinical signs include weight loss or failure to gain
weight. Guinea pigs may appear potbellied and have a
rough, greasy hair coat. Diarrhea is uncommon50; it is found
in approximately one-third of clinically affected animals51.
Morbidity and mortality range from 0% to 50%49–51.

Diagnosis. Diagnosis is based on finding characteris-
tic oocysts in the feces, generally using acid-fast stain,
direct smears, or fecal flotation techniques. Immunofluo-
rescence and molecular techniques, although not validated
for diagnosing cryptosporidiosis in guinea pigs, have been
used to detect species of Cryptosporidium in other ani-
mals52,53. Post-mortem diagnosis is based on finding the
organisms in the brush border epithelium of the small
intestine.

Treatment and Prevention. Treatment of cryp-
tosporidial infections in animals has met with only limited
success. Therefore, the best management tool is hygiene.
Cryptosporidial oocysts are resistant to most commercial
disinfectants. Chlorine and related compounds can render
oocysts noninfectious, although their usefulness is limited
by the long exposure times or high concentrations (e.g., 80
mg/l free chlorine for two hours) required. Oocysts are
killed by heating above 65°C for at least five minutes54.

Public Health Considerations. Although several
other species of Cryptosporidium, including C. parvum of
ruminants, C. felis of cats, C. meleagridis of birds, C. canis
of dogs, and C. hominis of primates, have been identified
in humans, C. wrairi has not43. It is likely that humans are
not susceptible to infection with C. wrairi. However,
people at risk for opportunistic infections should exercise
caution when working with infected guinea pigs.

Eimeria caviae
Morphology. Eimeria caviae is the only member of the
genus found in guinea pigs. Oocysts are ellipsoidal to sub-
spherical, with a smooth, brownish wall and no micropyle,
and they measure 17.6 µ to 24.2 µ long by 12.1 µ to 19.8 µ
wide (average: 19.3 µ long by 16.5 µ wide)55. An oocyst
residuum is present but a polar granule is absent. Oocysts
are unsporulated when passed in the feces. Sporulation
occurs in five to 11 days at 18°C to 22°C, although shorter
sporulation times have also been reported15,56,57. Each
oocyst contains four sporocysts measuring 11 µ to 13 µm
long by 6 µ to 7 µm wide57 (Figure 14.10)58. Each sporo-
cyst contains two sporozoites.
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Hosts. Eimeria caviae has been reported from domes-
tic and wild guinea pigs throughout the world1,56,57,59. At
one time prevalence rates as high as 100% in laboratory
colonies were recorded; however, improved management
has greatly reduced the prevalence of this parasite.

Life Cycle. The life cycle of E. caviae is typical of the
genus, and is described in Chapter 2, Biology of the Proto-
zoa. The prepatent period is 11 to 12 days and the patent
period is approximately seven days55,60,61.

Pathologic Effects. In severe infections, necropsy
findings include hyperemia, edema, petechial hemorrhages
in the colonic mucosa, and white or yellow plaques in the
colon and, depending on severity, the cecum. Intestinal
contents may be watery or contain formed feces and blood
may or may not be present. Microscopically, developmen-
tal stages are present in intact epithelial cells and free in the
lumen. Epithelial sloughing may occur. Dilated cystic
crypts of Lieberkühn may be present55,60,62.

Clinical Disease. Clinical signs are generally not
present unless the infection is severe. As with other enteric
coccidial infections, diarrhea is among the first clinical
signs observed. Anorexia and rough hair coat are usually
present as well. These clinical signs usually start about 11
days post-infection and abate within a week. However, in
severe cases, death may result55,60,62.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of oocysts in fecal flotations. Identifica-
tion of organisms in mucosal scrapings or histologic sec-
tions taken at necropsy can also be performed.
Sulfadimethoxine (25 to 50 mg/kg every 24 hours for 10
to 14 days) and sulfamethazine have been used successfully
to control infections15,60. Infections can be reduced

Fig. 14.10 Eimeria caviae of the guinea pig (sporulated oocyst).
Reproduced from Rys̀avỳ, B. (1954) with permission.
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through proper sanitation, reducing stress, and providing
proper nutrition. Eimeria-free guinea pig colonies have
been established by placing caesarian-derived offspring
into strictly controlled housing conditions63.

Public Health Considerations. Eimeria caviae does
not infect humans.

Klossiella cobayae
Morphology. Klossiella cobayae (Syn. Klossia caviae) lives
in the kidney of the host. First-generation schizonts mea-
sure 2 µ to 7 µ in diameter, while later generation schizonts
may be larger. Sexual reproduction results in the produc-
tion of zygotes. As these mature to become sporonts, they
grow to 30 µ to 40 µ in diameter.

Hosts. Klossiella cobayae was first discovered in the kid-
neys of guinea pigs in Nigeria, in which the prevalence was
20% (4/20)64. In early studies, Pearce65 reported 20%
(12/60) and Jackson66 reported 27% (12/44) of guinea pigs
in the United States infected. Since then, K. cobayae has been
reported from domestic guinea pigs in England, Italy, Roma-
nia (60.5% of 976 animals), Poland, and Germany (29% of
108), and in wild guinea pigs in Brazil1,64,67. The current
prevalence of infection in laboratory guinea pigs is unknown.

Life Cycle. Infection of an animal is initiated upon
ingestion of sporulated sporocysts from the environment.
Sporozoites excyst in the gut lumen and enter the capillary
or lymphatic system where they are transported through-
out the body. They then invade capillary endothelial cells,
particularly those lining the capillaries of the kidney
glomerulus, and undergo schizogony.

Schizonts cause the host cell to bulge into the lumen
of the capillary. Mature schizonts contain eight to 12
merozoites, each measuring 2 µ by 1 µ. The schizont and
host cell ruptures, releasing merozoites, which enter
epithelial cells lining the proximal convoluted tubule.
Each merozoite undergoes another round of asexual devel-
opment, producing large schizonts that nearly fill the
lumen of the tubule, each containing approximately 100
early gametocytes. The schizont and host cell again rup-
ture, releasing the gametocytes which enter the epithelium
of the loop of Henle. Fertilization occurs and the resulting
zygote undergoes sporogony. Sporonts produce 30 or more
sporoblasts, each of which develops into a sporocyst.
Thirty or more infective sporozoites develop within each
sporocyst. The sporocysts are released into the urine when
the host cell ruptures1,64.

Pathologic Effects. Microscopic lesions associated with
infection include lymphocytic and histiocytic interstitial and
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perivascular infiltration, as well as an increase of interstitial
fibroblasts65,67. Gross lesions typically are not apparent,
although heavily infected kidneys may have an irregular
surface65.

Clinical Disease. Clinical signs of infection are rare.
Therefore, K. cobayae is generally considered nonpathogenic.
However, necrosis of the epithelial lining of the kidney
tubules, kidney dysfunction, and death of guinea pigs have
been reported68. Therefore, pathogenic effects are considered
to be important even when infection levels are low67,68.

Diagnosis. Microscopic examination of tissue sec-
tions for the typical stages of the parasite is the only reli-
able method of diagnosis. Occasionally, schizogonous
stages have been reported in other tissues, including
endothelial cells of the lung and spleen. However, these
stages somewhat resembled those of T. gondii and E. cuni-
culi. Because sporocysts are passed with the urine, these
stages should be demonstrable through standard sedimen-
tation procedures. However, sporocysts are not often
observed in urine1.

Treatment and Prevention. Treatments for eradicat-
ing K. cobayae from infected guinea pigs have not been
described, partly because of the lack of reliable ante-
mortem diagnostic techniques. Sulfonamides or other
anticoccidials represent effective treatments. However,
strict attention to sanitation procedures remains the cor-
nerstone of control and prevention.

Sarcocystis caviae
Morphology. There is no description of the tissue cysts
because of the early confusions with T. gondii. Also, S.
caviae is a relatively rare parasite in laboratory guinea pigs.

Hosts. Sarcocystis caviae has only been reported from
guinea pigs. The prevalence and distribution of this para-
site is unknown, in part because earlier reports likely con-
fused this parasite with T. gondii1,69.

Life Cycle. All species of Sarcocystis have an indirect
life cycle with an herbivore/omnivore intermediate host
and carnivore/omnivore definitive host. Sporulated
oocysts are produced by the definitive host and are passed
with the feces. Intermediate hosts become infected by
ingesting the infective sporocysts. Asexual development
occurs within the intermediate host, resulting in sarcocysts
containing numerous bradyzoites. The definitive host then
becomes infected by ingesting intermediate host tissue
containing the mature sarcocysts. Sarcocysts are found
within tissues of the guinea pig; however, the definitive
host for S. caviae is unknown1.
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Pathologic Effects and Clinical Disease. Pathologic
changes associated with infections of S. caviae have not
been adequately described. This parasite is not known to
cause clinical disease in infected guinea pigs.

Diagnosis and Prevention. Diagnosis is by detection
of sarcocysts at necropsy. Because of the morphological
similarities among tissue cysts of various cyst-forming coc-
cidian parasites, ultrastructural details of cysts or the use of
immunohistochemical staining of sections with specific
monoclonal antibodies may be needed to differentiate
these parasites.

Treatment and Prevention. Because S. caviae appears
to be a rare parasite, treatment strategies have not been
described. Control is based on preventing fecal contamina-
tion of food and bedding materials by possible definitive
hosts.

Toxoplasma gondii
Morphology. A description of the morphology of T.
gondii oocysts is presented in Chapter 18, Parasites of Cats.
In the guinea pig, intracellular cysts are ellipsoidal in car-
diac and skeletal muscle and spherical in the brain, eye,
and other organs. They may reach 100 µ in size and con-
tain several hundred bradyzoites. Bradyzoites are crescent-
shaped, pointed on one end and rounded on the other, and
measure 4 µ to 8 µ long by 2 µ to 4 µ wide1.

Hosts. Toxoplasma gondii is cosmopolitan in distribu-
tion, infecting an extraordinarily wide range of mam-
malian and avian intermediate hosts. Spontaneous
infections have been reported in guinea pigs from the
Americas and Europe1,69,70.

Life Cycle. The life cycle of T. gondii is discussed in
Chapter 18, Parasites of Cats. Briefly, oocysts are released
in cat feces. Sporulation occurs in as little as 24 hours, pro-
ducing sporulated oocysts that are infective to mammalian
and avian hosts. Following ingestion of sporulated oocysts,
infectious sporozoites are released and disseminate via the
circulatory system to several organs in the body, including
the liver, lungs, central nervous system, striated muscle,
and others13. Bradyzoite cysts form in these locations.
Cysts can remain viable for as long as five years in the
guinea pig, awaiting ingestion by the definitive host71.

Pathologic Effects and Clinical Disease. Fatal hepa-
titis, pneumonia, encephalitis, and abortion have been
reported in guinea pigs70,72. Clinical signs of infection
are generally not present. However, severe infection can
result in clinical signs indicative of the organ system
affected1,70,72.
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Diagnosis. Diagnosis is based on serologic detection
of antibodies against T. gondii. Cysts can be detected on
histologic examination of affected organs, particularly the
brain, striated muscle, and liver. Inoculation of tissue
homogenates from suspect animals into mice or hamsters
with subsequent identification of the organism in tissue
sections has also been reported, but is labor-intensive15.

Treatment and Prevention. Sulphadiazine and
pyrimethamine are used widely for suppressive treatment
of toxoplasmosis in the acute stage of clinically apparent
infection73. However, these have little effect on subclinical
infections, and treatment is unlikely to eliminate the tissue
cysts. The use of commercially prepared food should elim-
inate a potential source of oocysts. Oocysts are resistant to
many disinfectants but may be killed through exposure to
heat (60°C). If the parasite has been introduced, transpla-
cental transmission can be avoided by breeding only
seronegative animals1.

Public Health Considerations. Although T. gondii is
a zoonotic parasite of great concern to human health, the
guinea pig is unlikely to be a source of infection for per-
sonnel in the laboratory setting.

Phylum Ciliophora

Balantidium caviae

Morphology. The trophozoite of B. caviae is ovoid to
ellipsoid in shape, and measures 55 µ to 155 µ long by 45
µ to 72.5 µ wide (average: 92 µ long by 65 µ wide). With
the exception of the peristomal field, the entire surface is
covered with fine cilia arranged in parallel longitudinal
rows. The macronucleus is small, thick, and ovoid to ellip-
soidal in shape (compared with B. coli, in which the
macronucleus is dumbbell-shaped). The micronucleus is
smaller than the macronucleus and usually is found adja-
cent to it. Cysts are formed and measure 40 µ to 45 µ in
diameter (average: 45 µ in diameter). The cyst wall is thick
and may be yellow-brown in color4.

Hosts. Balantidium caviae (Figure 14.11) is found in
the lumen of the cecum and colon of guinea pigs through-
out the world1,4,28,62. Little information is available on cur-
rent prevalence rates. Historically, infection was common28.
Mice, rats, and hamsters appear to be refractory to infection
with B. caviae.

Life Cycle. The life cycle is direct, with ingestion of
cysts the probable means of transmission.

Pathologic Effects and Clinical Disease. Ordinarily,
B. caviae is nonpathogenic and appears unable to invade
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Cyathodinium chagasi trophonts measure 53.7 µm
long by 21.9 µm wide. The ventral cavity occupies only the
anterior one-fourth of the body1.

Cyathodinium conicum is the largest species, measur-
ing 50 µ to 80 µ long by 20 µ to 30 µ wide (average: 65 µ
long by 25 µ wide). As for C. chagasi, the ventral cavity
occupies only one-fourth of the body length1.

Cyathodinium cunhai trophonts measure 10.2 µ to
35.5 µ long by 8 µ to 22 µ wide (average: 19 µ long by 14 µ
wide). The cavity is unciliated, and occupies the anterior
one-third of the organism. Eleven rows of somatic cilia are
present with nine arranged around the cavity and the
remaining encircling the organism. There are nine to 13
tentacles. The macronucleus and micronucleus resemble
those of C. piriforme4,76.

Cyathodinium piriforme (Figure 14.12)77 trophonts
measure 10 µ to 35.5 µ long by 8.8 µ to 24.4 µ wide (aver-
age: 29.2 µ long by 20.3 µ wide). Nine rows of somatic
cilia are arranged around the ventral cavity, which occupies
the anterior two-thirds of the body. Two rows completely
encircle the organism. The other seven originate on the left
lip and terminate along the inside of the right wall of the
cavity. There are 9 to 14 tentacles. A round macronucleus
and smaller micronucleus are located in the middle por-
tion of the body. Cysts have been reported only rarely4,76.

The cyathodiniids are common endosymbionts of
the cecum and colon of guinea pigs. Reported historical

intact mucosa. Thus, clinical signs are typically not observed.
However, if the mucosal barrier is compromised, B. caviae
may become a secondary invader74, resulting in enteritis.

Diagnosis. Balantidium caviae can be detected on
histologic sections of the cecum or colon1,62. Caution must
be exercised, however, in interpreting the presence of
organisms within the intestinal walls. These organisms can
penetrate the host tissue post-mortem; therefore, the
length of time between death and examination should be
considered. Organisms can also be detected by examining
fresh smears of cecal or colonic contents1.

Treatment and Prevention. Because infections with
B. caviae tend to be unapparent, no chemotherapy has
been described. Compounds in the tetracycline group are
most commonly used to treat B. coli infections in
humans75. Control of this ciliate is centered on the mainte-
nance of proper hygiene.

Cyathodinium spp.

Up to 10 species of Cyathodinium have been described from
wild and captive guinea pigs. However, it is likely that only
four of these are valid species1,4. Members of the genus have
a pyriform-shaped trophont with cilia and tentacles
(“endosprits”) that are reduced to a series of short protuber-
ances on the left side of the anterior ciliated cavity.

Fig. 14.11 Balantidium caviae. Reproduced from Nie, D. (1950)
with permission.

Fig. 14.12 Cyathodinium piriforme trophozoite. Reproduced from
Kudo, R.R. (1966) with permission.

34442 Ch 14 421-450.qxd  3/28/07  1:26 PM  Page 434



prevalences range between 4% and 78% with a worldwide
geographic range78,79. They are easily detected in fresh
smears examined with phase contrast or differential inter-
ference contrast microscopy. The organisms can also be
detected in stained smears1,2. Infections of C. piriforme
can be established in rats and hamsters, and C. cunhai can
be established in rats following oral administration of
organisms3.

Enterophrya elongata

Trophonts of Enterophrya elongata measure 30 µ to 52 µ
long by 5 µ to 14 µ wide (average: 38.8 µm long by 8.1 µ
wide). The anterior end is spatulate and the posterior end
is rounded or tapering. Somatic cilia cover the whole body
with the anterior region, which is more densely ciliated
than the posterior region. The vestibular opening is small,
and located at the anterior extremity of the body. The
short vestibulum is densely ciliated. The cytoproct is
located at the posterior end of the body. The macronucleus
is an elongated ellipse. The spherical micronucleus is near
the macronucleus. There is a single contractile vacuole,
which varies in location1.

Enterophrya elongata was originally described from the
cecum of wild guinea pigs in Brazil. Additional reports of
E. elongata are sparse and it is unknown whether the
species infects domestic guinea pigs1. It has also been
found in the capybara (Hydrochoerus hydrochaeris), a
closely related histricomorph rodent from Bolivia80.

Kopperia intestinale

Kopperia intestinale (Syn. Malacosoma intestinale) is a cecal
ciliate of guinea pigs. The trophont is egg-shaped, and
measures 30 µ to 50 µ long by 17 µ to 30 µ wide (average:
40 µ long by 25 µ wide) with the widest part near the ante-
rior end. Longitudinal rows of cilia (6 µ to 10 µ long) cover
the entire body. The spherical to ovoid macronucleus is
located anteriorly, and measures 6 µ to 10 µ in length. A
micronucleus is situated near the macronucleus1,4.

Protocaviella acuminate

Protocaviella acuminate is a relatively large, cecal ciliate.
Trophonts measure 30 µ to 40 µ long by 12 µ to 15 µ wide.
It has a rigid body whose anterior end is broader than the
posterior end and slightly flattened laterally. The dorsal
side is convex and the ventral side is concave. Dense longi-
tudinal rows of short somatic cilia are present. A row of
long cilia are present on the right lip of the ventral cavity.
The spheroid macronucleus measures 5 µ to 6 µ long and
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is situated near the anterior end of the body. The spherical
micronucleus is posterior to the macronucleus. Reports of
this organism are rare1.

Phylum Microspora

Encephalitozoon cuniculi

Encephalitozoon cuniculi (Syn. Nosema cuniculi) is an obli-
gate intracellular pathogen with both eukaryote and
prokaryote characteristics. Originally considered to be a
primitive protozoan, recent molecular biological studies
have resulted in its reclassification as a fungus81. Encephali-
tozoon cuniculi infects a wide range of mammals, including
guinea pigs82–84. Infection occurs through ingestion,
inhalation, or transplacental transmission of infectious
spores15,83. Most infections are subclinical and gross and
histologic evidence of infection is usually lacking. In guinea
pigs, lesions that have been reported include interstitial
nephritis with tubular necrosis and fibrosis, and multifocal
granulomatous encephalitis84,85. Treatment regimens have
not been developed for guinea pigs. However, albendazole
and fenbendazole have been used successfully in infected
rabbits, and may be useful in guinea pigs should treatment
be considered86. Encephalitozoon cuniculi is zoonotic. Three
strains (I-III) have been identified. Strains I and III have
been found in humans87. It is unknown which strain or
strains naturally infect guinea pigs.

TREMATODES

Fasciola spp.

Naturally occurring trematode infections in laboratory
guinea pigs are rarely encountered. When they do occur, it
is usually the result of dietary supplementation with forage
containing the infective metacercariae. Two species of
trematodes may be found in laboratory guinea pigs, Fasci-
ola hepatica and F. gigantica.

Morphology. Mature flukes are dorsally-ventrally
flattened and leaf-shaped, measuring up to 30 mm long for
F. hepatica and 75 mm long for F. gigantica. However,
those recovered from guinea pigs tend to be somewhat
smaller88,89. The eggs are oval, operculate, and yellow in
color. Those of F. hepatica measure 130 µ to 150 µ long by
65 µ to 90 µ wide13 and those of F. gigantica are slightly
larger, though this species rarely reaches patency in the
guinea pig92.

Hosts. Fasciola hepatica and F. gigantica infect a wide
variety of herbivorous hosts, including cattle, goats, sheep,
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llamas, and buffalo throughout the world. Natural infec-
tions in guinea pigs have been reported in South America,
primarily in wild guinea pigs and those raised for food.
Prevalences in those endemic areas range from 15% to
53%90,91. Infections in laboratory colonies have been
reported only rarely89.

Life Cycle. Both F. hepatica and F. gigantica have sim-
ilar life cycles. These are discussed in Chapter 20, Parasites
of Sheep and Goats. Briefly, the life cycles are indirect, and
require a snail intermediate host. Ingested metacercariae
excyst in the duodenum, and migrate through the intes-
tinal wall, the peritoneal cavity, and the liver parenchyma.
Juvenile flukes feed and develop before burrowing into the
bile ducts where they mature. The prepatent period differs
between the two species; it is approximately eight to 12
weeks for F. hepatica and 12 to 16 weeks for F. gigantica.
Apparently F. gigantica in guinea pigs rarely reaches
patency92.

Pathologic Effects and Clinical Signs. Typically,
natural infections of F. hepatica in wild guinea pigs tend to
be limited to a maximum of two adult flukes91. Neither
pathologic changes nor clinical signs associated with these
infections have been documented. In experimental infec-
tions, pathologic changes and death appear to be associ-
ated with secondary bacterial infections. As few as 25
metacercariae can result in 80% to 100% mortality in
guinea pigs93.

Pathologic changes reported in natural infections with
F. gigantica are a result of aberrant migration and cyst for-
mation of the trematode. Posterior paresis has been
reported, resulting in fatalities in a guinea pig breeding
colony. Fasicola gigantica were present in cysts in the pelvic
and peritoneal cavities, or were embedded in muscle of the
lumbar vertebra. Flukes were also found in the renal
pelvises and femurotibial joints, and within the thoracic
cavity. Extensive tissue destruction, liver damage, and
hemorrhage were present, and characteristic coffee-brown
fluid was present in the cysts89. Histological features vary
according to the age of infection and include congestion
and hemorrhage around the portal vessels, central veins
and sinusoids; fibronecrotic tracks; inflammation; and
granuloma formation92,94,95.

Diagnosis, Treatment, and Prevention. Diagnosis
and treatment are not usually necessary in laboratory
colonies in which animals are fed only commercial food. If
necessary, fecal sedimentation procedures used in rumi-
nants can be used for detecting eggs in the feces of guinea
pigs. Albendazole and clorsulon are used to treat liver fluke
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infections in ruminants13 and might also be suitable for
guinea pigs. Preventing infections in laboratory colonies is
achieved by feeding only commercially-prepared guinea
pig diet. If supplementation with greens is desired, foods
grown in fluke-endemic areas should not be used.

NEMATODES

Superfamily Rhabditoidea

Pelodera strongyloides

Pelodera strongyloides is a free-living nematode that nor-
mally inhabits damp soil and decaying vegetation96 but
occasionally invades the skin or orbits of the eyes of a vari-
ety of mammals. A single case report attributes dermatitis
in a guinea pig to infection with this nematode97. Infec-
tions are usually associated with poor environmental con-
ditions and management. Therefore, infections may be
avoided by proper husbandry and good sanitation.

Superfamily Ascaridoidea

Baylisascaris procyonis

Morphology. Adult Baylisascaris procyonis are tan in color
and quite large, with males and females reaching lengths of
9 cm to 11 cm and 20 cm to 22 cm, respectively. Males
possess pericloacal roughened areas. The eggs are ellipsoid
and brown in color with a thick shell, and contain a large
single-celled embryo. Eggs measure 63 µ to 88 µ long by
50 µ to 70 µ wide98.

Hosts. Baylisascaris procyonis is the ascarid round-
worm of raccoons and the most commonly recognized
cause of clinical larva migrans affecting a wide range of
wild and domestic animals, including guinea pigs. Origi-
nally endemic to North America, the parasite has become
established in other areas of the world98,99. The guinea pig
serves as one of many mammalian paratenic hosts for B.
procyonis.

Life Cycle. Adult nematodes reside in the lumen of
the small intestine of raccoons. Eggs are passed in the feces
and require 11 to 14 days for the second-stage larvae to
develop within, thereby becoming infective. Paratenic
hosts become infected when ingesting embryonated eggs
from the environment. After hatching, larvae penetrate the
small intestine and migrate through the liver to the lungs.
From there, they are disseminated throughout the body via
the circulatory system. Larvae become encapsulated where
they remain until ingested by a raccoon98.
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Pathologic Effects. Infections in paratenic hosts are
asymptomatic so long as migrating larvae do not enter the
brain or the eye. Larvae migrating in the brain, however,
produce traumatic damage and inflammation98. While
gross lesions are often absent in affected guinea pigs, histo-
logic findings in the brain include multifocal eosinophilic
granulomatous inflammation, multifocal neutrophilic
infiltration, perivascular lymphoid cuffing, and malacia.
The degree of damage is related to the number of larvae
present100,101.

Clinical Disease. In guinea pigs with cerebral larval
migrans, clinical signs have included lethargy, torticollis,
ataxia, recumbency with inability to rise, and
opisthotonos100,101.

Diagnosis. Diagnosis is by finding histopathologic
lesions compatible with this infection and by identifying
the larvae in cross section. While routine histopathology
often fails to detect the larvae, especially when few are
present, if found on sections, larvae usually measure 57 µ
to 70 µm in diameter and have prominent, single lateral
alae. There is a large, centrally located intestine with an
open lumen that is laterally compressed in the mid- to pos-
terior regions. There are usually six to nine low columnar
cells within the intestine, each with a thin microvillous
border. The intestine is flanked by prominent, lateral
chords containing the lateral excretory columns98.

Treatment. No treatment regimens have been
described for guinea pigs. While benzimidazoles and
diethylcarbamazine may be of some use, cerebral larval
migrans is usually not evident until extensive damage has
occurred, and anthelmintic treatment at this stage is usu-
ally ineffective98.

Prevention. Prevention of fecal contamination of
feed or bedding prevents infection. Eggs of B. procyonis are
resistant to most chemical disinfectants commonly used in
animal facilities and can remain viable for extended peri-
ods of time in dry materials such as straw and bedding.
Eggs, however, are heat-sensitive. Thus, autoclaving cages
and burning contaminated bedding are effective means of
decontamination98.

Public Health Considerations. Baylisascaris procyo-
nis is a cause of cerebral and ocular larval migrans in
humans. However, as with guinea pigs, humans become
infected by ingesting eggs98. Because the parasite does not
mature in paratenic hosts, guinea pigs are not a source of
infection for humans. However, if guinea pigs do become
infected, the source should be found and eliminated as
quickly as possible to minimize potential human exposure.
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Superfamily Heterakoidea

Paraspidodera uncinata

Morphology. Adult male worms measure 11 mm to 22 mm
long and have a pre-anal sucker, two spicules of approxi-
mately equal length (470 µ to 700 µ), and a gubernaculum
(136 µ to 158 µ long). Adult female worms measure 16 mm
to 28 mm long. Eggs are ellipsoidal and unembryonated
when passed. Different authors report a range of egg size,
with some reporting 43 µ long by 31 µ wide, and others
reporting 60 µ to 73 µ long by 47 µ to 53 µ wide102–104.

Hosts. Paraspidodera uncinata occurs in the cecum of
wild and domestic guinea pigs throughout the world. The
parasite has also been reported from the agouti (Agouti
paca) and tuco-tocos (Ctenymys spp.) in South America.
Historically, prevalence of infection in laboratory colonies
varied from 10% to 75%, while prevalence in pet store
animals has been reported to be 45% and in wild animals
the prevalence has been reported to be 37%91,103–106.

Life Cycle. The life cycle has not been described in
detail. Eggs produced by the females are passed in the feces
and become infective in five to nine days when held at
22°C to 24°C. Infections can be established experimen-
tally in guinea pigs by oral administration of embryonated
eggs; therefore, it has been assumed that transmission is via
this source. The prepatent period is 37 to 66 days and the
patent period is 12 to 39 days104,107.

Pathologic Effects and Clinical Disease. Pathologic
changes within the cecum of guinea pigs infected with P.
uncinata have not been reported and this parasite has gen-
erally been considered to be nonpathogenic. However,
infections have been associated with increased eosinophils
in bronchoalveolar lavage in clinically healthy animals108.

Diagnosis, Treatment and Prevention. Diagnosis is
by finding characteristic eggs in the feces or nematodes in
the cecum at necropsy. Few treatment protocols have been
described. Levamisole (25 mg/kg) and mebendazole (50
mg/kg) administered orally, have been shown to be effec-
tive, but piperazine has not109,110. Adequate sanitation is
essential for preventing infection in laboratory colonies.

ARTHROPODS

Class Insecta

Order Diptera (flies)

Facultative myiasis-producing flies generally lay eggs
in carrion or feces. However, flies are also attracted by
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“nit”), three nymphal stages, and adult males and females.
Transmission is primarily by direct contact13,118.

Mature G. ovalis measure 1 mm to 1.2 mm long, with a
maximum width of 0.5 mm (Figure 14.13). The head is tri-
angular in shape. The maxillary palps have four easily dis-
cernable segments. There are six pairs of abdominal spiracles
located ventrolaterally within poorly defined spiracular
plates118. Mature G. porcelli measure 1 mm to 1.5 mm long
and 0.44 mm wide (Figure 14.14). The head is slightly
longer than it is wide. The maxillary palps have two easily
discernable segments. There are five pairs of abdominal spira-
cles located ventrally within distinct spiracular plates118.
Mature T. hispidum measure 1.25 mm long and 0.5 mm
wide. The head is broadly triangular in shape. The antennae
lie in grooves alongside the head, and appear club-shaped.
The legs are stout with two tarsal claws. The abdomen is
composed of five segments118. Louse infestations in guinea
pigs may be asymptomatic, or may cause pruritus, rough-
ened hair coat, or alopecia116,118. Diagnosis is by observing
lice and nits on the pelage, either grossly or with the aid of a
hand-held magnifying lens. Treatment regimens include iver-
mectin, and carbamate- or pyrethrin-based powders15,115–118.

Class Arachnida

Mites

Suborder Astigmata
Chirodiscoides caviae Chirodiscoides caviae (Syn. Cam-
plyochirus caviiae, Indochirus utkalensis) (Figure 14.15)119 is
the fur mite of guinea pigs. Both male and female mites are
elongate. Males measure 350 µ to 376 µ long and females
measure 502 µ to 528 µ long. The anterior portion is trian-
gular, the sternal shield is striated, and all legs are modified
for hair clasping with legs I and II more modified than legs
III and IV118,120.

Chirodiscoides caviae is cosmopolitan in distribution
and historically was common in guinea pigs113,114,118,120.
Improvements in laboratory animal husbandry have ren-
dered them less common. These mites may be found
attached to hairs anywhere on the body, but are more com-
mon in the posterior back region and lateral sides of the
posterior quarters118,120.

The life cycle of C. caviae has not been described.
However, life cycle stages for mites include the egg, larva
(six legs), nymph (eight legs), and adult males and females.
Eggs measure 254 µ long by 69 µ wide. Transmission is
primarily by direct contact15,120. Light infestations may be
present for extended periods of time with no clinical

suppurative wounds; necrotic areas; and skin soiled with
urine, feces, or vomitus13. Fatal myiasis, involving at least
three species of fly (Lucilia sericata, Calliphora vicina, C.
vomitoria), has been reported in guinea pigs111,112. Ovipo-
sition by flies was associated with bacterial inflammation
in the areas of the rectum and vulva.

Order Phthiraptera (lice)

Gyropus ovalis, Gliricola porcelli, and Trimenopon
hispidum
Louse infestations have frequently been reported from lab-
oratory guinea pigs throughout the world106,113–117.
Species infesting guinea pigs include Gyropus ovalis, Gliri-
cola porcelli, and Trimenopon hispidum. Historically, G.
porcelli has been the most common, followed by G. ovalis
with T. hispidum the least commonly encountered
species117,118. Current prevalences of these lice are
unknown, but are thought to be low due to improved hus-
bandry practices in laboratory animal facilities. Life cycles
for these species have not been completely described.
However, life cycle stages for biting lice include the egg (or

Fig. 14.13 Gyropis ovalis female, dorsal view. Courtesy of R.D. Price,
University of Minnesota.
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evidence of disease. Pruritus, alopecia, increased grooming
behavior leading to self-trauma, and ulcerative dermatitis
have been reported116,120. Diluted ivermectin applied as a
spray has been used to successfully control C. caviae,
whereas ivermectin administered subcutaneously failed to
reduce the number of mites in heavily infested guinea
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pigs130,134. Selamectin (12 mg/kg) administered twice at
two-week intervals has also been successful against C.
caviae infestations116.
Trixacarus caviae Morphology. Trixacarus caviae is a sar-
coptiform mite of guinea pigs. Females measure 160 µ to
230 µ long and 120 µ to 180 µ wide. Males measure 120 µ
to 150 µ long and 85 µ to 100 µ wide121. Trixacarus caviae
is distinguished from S. scabiei by the position of the anus
(terminal in S. scabiei versus dorsal in female T. caviae) and
the form of the dorsal setae (some setae transformed into
stout dorsal spines in S. scabiei versus all dorsal setae simple
in T. caviae). Trixacarus caviae can be distinguished from
N. cati by the dorsal scales (few, rounded scales surround-
ing anus in N. cati versus many pointed scale in T.
caviae)122–124.

Hosts. Prior to 1972, reports of mange in guinea pigs
were attributed to either Sarcoptes scabiei or Notoedres
cati118. However, Fain and co-workers122 described a new
species of mite associated with mange in guinea pigs. Since
that time, T. caviae has been documented on guinea pigs

Fig. 14.14 Gliricola porcelli female, dorsal view. Courtesy of R.D.
Price, University of Minnesota.

Fig. 14.15 Chirodiscoides caviae female, ventral view. Reproduced
from Hirst, S. (1922) with permission.
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worldwide118,123,125,131,136,137,138. It is likely that earlier cases
of mange attributed to S. scabiei or N. cati were actually
caused by T. caviae, though guinea pigs are also susceptible
to infestation with S. scabiei and N. cati.

Life Cycle. The life cycle stages include eggs, larvae,
two nymphal stages, and adults. All stages are generally
present on the infested animal. Transmission occurs
through direct contact. Larvae and nymphs are primarily
responsible for establishing new infestations121,122.

Pathologic Effects. Adult mites are found in epider-
mal tunnels in the skin, while larvae and nymphs are found
primarily on the surface. Histologic lesions include acan-
thosis, hyperkeratosis, and exfoliative dermatitis. Accumu-
lations of lymphocytes, monocytes, and eosinophils may be
present. Hematologic changes may include monocytosis,
neutrophilia, eosinophilia and basophilia123,124,126,127.

Clinical Disease. Trixacarus caviae is the most com-
mon cause of pruritus in pet and laboratory guinea pigs.
Pruritus is associated with excessive rubbing, biting, or
scratching. The skin becomes thickened and alopecic. Sec-
ondary bacterial infections may also occur. Lesions tend to
occur on the neck, shoulders, dorsal trunk, and ventral
abdomen, although in severe cases, all parts of the body may
be affected123,125–129. Occasionally, seizures and abnormal
behaviors have been reported in T. caviae-infested guinea
pigs123,129,130. The cause for this is considered to be a gener-
alized pruritus-induced hyperesthesia129,130.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and upon finding characteristic
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mites in skin scrapings. Care must be taken to distinguish
T. caviae from S. scabiei and N. cati. Some infestations may
be eliminated with ivermectin using one of the following
regimens: 0.2 mg/kg orally or subcutaneously, repeated in
seven to 10 days as needed; 0.4 mg/kg orally, repeated
weekly for four weeks; or 0.5 mg/kg subcutaneously,
repeated once in seven days15,133–135. The use of fipronil on
the animal or to treat the environment has also been sug-
gested125,128. For accompanying behavioral “fits,”
diazepam can be used initially at 1 to 2 mg/kg intramuscu-
larly, and may be followed by other antiseizure medica-
tions such as primidone (25 mg/kg orally twice per day).
Animals housed together should be treated for the parasite
at the same time or re-infestation is likely to occur.

Public Health Considerations. Trixacarus caviae can
transiently infest humans. Infestations result in papular
urticaria and pruritus132.

Suborder Prostigmata
Demodex caviae Demodex caviae is a relatively short
species of Demodex, measuring 138 µ to 165 µ long and 65
µ to 69 µ wide. The stubby legs are located close together
on the anterior portion of the body. Few reports of this
parasite exist in the literature. Thus, the host and geo-
graphic ranges, as well as the prevalence of infestation on
guinea pigs, are unknown116,118,139. Antemortem diagnosis
is by skin scrapings, skin biopsy, or examination of the hair
shafts. Amitraz baths have been recommended for the
treatment of D. caviae139.
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TABLE 14.1 Parasites of Guinea Pigs—Enterohepatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Caviomonas mobilis United States Guinea pigs Cecum Ingestion of organism None Not reported 4
passed in feces

Chilomastix spp. Worldwide Guinea pigs Cecum Ingestion of None Not reported 4, 7
organism passed
in feces

Chilomitus caviae Worldwide Guinea pigs Cecum, colon Ingestion of organism None Not reported 4
passed in feces

Enteromonas cavia Europe, Guinea pigs Cecum Ingestion of organism None Not reported 4
United States passed in feces

Giardia duodenalis Worldwide Guinea pigs, Anterior small Ingestion of organism None Unknown whether 12, 17
possibly other intestine passed in feces humans are
mammals susceptible to

guinea pig strain
Hexamastix spp. Worldwide Guinea pigs Cecum Ingestion of organism None Not reported 4

passed in feces
Monocercomonas spp. Americas, Guinea pigs Cecum Ingestion of organism None Not reported 4

Europe passed in feces
Monocercomonoides Americas, Guinea pigs Cecum Ingestion of organism None Not reported 4

spp. Europe passed in feces
Proteromonas brevifilia Europe, Guinea pigs Cecum Ingestion of organism None Not reported 4

United States passed in feces
Retortamonas caviae Worldwide Guinea pigs Cecum Ingestion of organism None Not reported 4, 26

passed in feces
Tritrichomonas caviae Worldwide Guinea pigs, gerbils Cecum, colon, Ingestion of organism Rare cecal and Not reported 1, 4, 27

small intestine passed in feces colonic ulceration

Amoebae

Endolimax caviae Asia, Guinea pigs Cecum Ingestion of cysts None Not reported 1, 4, 39
United States passed in feces

Entamoeba caviae Americas, Guinea pigs Cecum Ingestion of cysts None Not reported 4, 41
Europe passed in feces

Coccidia

Cryptosporidium United States Guinea pigs Small intestine Presumably by ingestion Slight enteritis Not reported 49
wrairi of oocyst passed

in feces
Eimeria caviae Worldwide Guinea pigs, Large intestine Ingestion of oocyst Sometimes Not reported 1, 55–57, 

wild guinea pigs passed in feces hemorrhagic 61
(Cavia aperea) enteritis

(Continued)
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TABLE 14.1 (Continued)

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Ciliates

Balantidium caviae Worldwide Guinea pigs Cecum, colon Ingestion of cysts Secondary Not reported 28, 62
passed in feces enteritis

Cyathodinium spp. Worldwide Guinea pigs Cecum, colon Ingestion of None Not reported 1, 4
trophozoites(or
cysts?) passedin feces

Enterophyra elongata Brazil Wild guinea pigs Cecum Presumed ingestion None Not reported 1, 80
of trophozoites or
cysts passed in feces

Kopperia intestinale Unknown Guinea pigs Cecum Presumed ingestion of None Not reported 1, 4
trophozoites or cysts
passed in feces

Protocaviella acuminate Unknown Guinea pigs Cecum Presumed ingestion of None Not reported 1
trophozoites or cysts
passed in feces

Trematodes

Fasciola spp. Worldwide Guinea pigs, Liver, abdominal Ingestion of Usually none; Reported 89, 90, 93
other herbivorous cavity metacercaria encysted cysts may cause
mammals, humans on vegetation local lesions

(F. gigantica)
Pseudoquinqueserialis South America Wild guinea pigs Intestine Presumed ingestion None Not reported 142

caviae of metacercaria
Taxorchis caviae South America Wild guinea pigs Cecum Presumed ingestion None Not reported 141

of metacercaria
Taxorchis ringueleti South America Wild guinea pigs Cecum Presumed ingestion None Not reported 140

of metacercaria

Cestodes

Anoplocephala sp. South America Guinea pigs Intestine Unknown None Not reported 143
Monoecocestus South America Guinea pigs Intestine Unknown None Not reported 105

parcitesticulatus

Nematodes

Heterakoidea

Paraspidodera Worldwide Guinea pigs, Cecum Ingestion of Weight loss, Not reported 91, 108
uncinata other wild rodents embryonated egg debilitation,

diarrhea,
bronchial
eosinophilia
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Trichostrongyloidea

Graphidioides mazzai South America Wild guinea pigs, Small intestine Presumed ingestion None Not reported 91
other wild rodents of infective larvae

Viannella travassosi Brazil Wild guinea pigs Small intestine Presumed ingestion None Not reported 91
of infective larvae

Trichuroidea

Capillaria hepatica Peru Wild guinea pigs Liver Presumed ingestion None Reported 91
of embryonated egg

Trichuris gracilis Brazil Guinea pigs Large intestine Presumed ingestion None Not reported 91
of embryonated egg
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TABLE 14.2 Parasites of Guinea Pigs—Central Nervous System, Skin, Connective Tissue, Muscle, Urogenital System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Leishmania enriettii South America Guinea pigs Skin Presumed sandfly Cutaneous nodules Not reported 20
host and ulcers

Trypanosoma cruzi Americas Guinea pigs, Skin, cardiac muscle, Blood-sucking arthropod Unknown Common 144
other mammals other organs vector (Reduviids)

Coccidia

Klossiella cobayae Worldwide Guinea pigs Kidneys, lungs, spleen, Ingestion of sporocysts Variable nephritis Not reported 64
other organs passed in urine

Sarcocystis caviae Unknown Guinea pigs Striated muscle Ingestion of infective None Not reported 69
sporocyst from
unknown definitive
host

Toxoplasma gondii Worldwide Guinea pigs, other Many organ systems Ingestion of sporulated Hepatitis, Common 1, 70
mammals, birds oocyst in cat feces pneumonia,

encephalitis,
abortion

Microspora

Encephalitozoon Worldwide Guinea pigs, Kidney, central Ingestion of Nephritis, Uncertain 84, 85
cuniculi other mammals nervous system infective spores encephalitis zoonotic

potential of
guinea pig strains

Nematodes

Rhabditoidea

Pelodera strongyloides Worldwide Guinea pig, Skin Invasion through Dermatitis Reported 97
other mammals compromised skin,

mucus membranes

Ascaridoidea

Baylisascaris procyonis Worldwide Guinea pigs, Central nervous Ingestion of Encephalitis Reported 100
raccoons, other system, other embryonated
mammals organs egg in raccoon feces

Filaroidea

Ackertia borgosi Argentina Wild guinea pigs Abdominal cavity Presumed transmission None Not reported 143
by arthropod host

Diptera (flies)
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Lucilia sericata, Europe Guinea pigs, Skin, deeper organs Eggs deposited by Myiasis Reported 111, 112
Calliphora vicina, other mammals adult fly
Calliphora vomitoria

Phthiraptera (lice)

Gliricola Worldwide Guinea pigs, wild Pelage Direct contact Pruritus, Not reported 116
porcelli Cavia spp. unthriftiness,

roughened coat,
alopecia

Gliricola spp. South America Wild Guinea pigs Pelage Direct contact Unknown Not reported 145
(Cavia anolaine)

Gyropus ovalis Worldwide Guinea pigs, Pelage Direct contact Pruritus, Not reported 116
wild Cavia spp. unthriftiness,

roughened coat,
alopecia

Pteropthirus spp. South America Wild guinea pigs Pelage Direct contact Unknown Not reported 118
Trimenoponhispidum Worldwide Wild guinea pigs Pelage Direct contact Irritation Not reported 116

Siphonaptera (fleas)

Hectopsylla spp. Unknown Wild guinea pigs Pelage Direct contact Unknown Not reported 118
Leptopsylla seginis Unknown Wild guinea pigs Pelage Direct contact Unknown Not reported 91
Nosopsyllus fasciatus Unknown Wild guinea pigs Pelage Direct contact Unknown Not reported 118
Pulex irritans Worldwide Wild guinea pigs, Pelage Direct contact Dermatitis Common 118

other mammals
Rhopalopsylla clavicola Unknown Wild guinea pigs Pelage Direct contact Unknown Not reported 118
Tiamastus cavicola Unknown Wild guinea pigs Pelage Direct contact Unknown Not reported 91

Arachnida

Mites

Astigmates

Chirodiscoides caviae Worldwide Guinea pigs Skin, pelage Direct contact Pruritus, alopecia Not reported 120
Notoedres muris Worldwide Guinea pigs, other rodents Skin Direct contact Dermatitis Reported 146
Trixacarus caviae Worldwide Guinea pigs Skin Direct contact Dermatitis Transient zoonosis 125

Mesostigmates

Ornithonyssus bacoti Unknown Wild guinea pigs Skin Direct contact Dermatitis Reported 118
Ornithonyssus braziliensis Unknown Wild guinea pigs Skin Direct contact Unknown Not reported 118
Ornithonyssus wernecki Unknown Guinea pigs Skin Direct contact Unknown Not reported 146

Prostigmates

Demodex caviae Unknown Guinea pigs Skin Direct contact Unknown Not reported 147
Eutrombicula spp. Unknown Wild guinea pigs Skin Direct contact Unknown Probable 91, 146
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INTRODUCTION

The domestic rabbit (Oryctolagus cuniculus) continues to
serve as an important model of several human diseases and
conditions. Most laboratory rabbits are purchased from
commercial vendors and housed under modern conditions
that prevent exposure to parasites common to feral lago-
morphs. However, feral animals may be brought into the
animal facility, researchers may occasionally purchase ani-
mals from smaller, “backyard” production units, or feral
animals may contaminate feed and bedding stocks used
within the modern animal facility. Each of these may result
in parasite entry into the animal facility.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (Flagellates)

Enteromonas sp.
Trophozoites of Enteromonas sp. are round or pyriform and
have four flagella, three of which extend from the anterior
pole1. The fourth flagellum extends posteriorly along the
surface of the trophozoite. Enteromonas hominis occurs in
the cecum of several species, including cottontail rabbits
(Sylvilagus sp.), as well as man, other primates, rats, and
hamsters1. An Enteromonas sp. is described from domestic
rabbits (Oryctolagus cuniculus)2.

Giardia duodenalis
Several species of Giardia have been named after the host
species in which they were found. Others recognize only
five morphologically distinguishable species. These include

452 FLYNN’S PARASITES OF LABORATORY ANIMALS

Giardia duodenalis (Syn. G. intestinalis, G. lamblia), which
infects humans and other mammals; G. muris of rodents;
G. psittaci and G. ardeae, both of which infect birds; and
G. agilis, which is found in amphibians3. Genetic analyses
reveal considerable heterogeneity within G. duodenalis,
such that some genotypes eventually may be designated as
distinct species3.

Morphology. Giardia spp. trophozoites are flattened,
piriform, and bilaterally symmetrical, with an adhesive
disk on one side, two anterior nuclei, four pairs of flagella,
and two axostyles1. G. duodenalis trophozoites are 9 µ to
21 µ long, 5 µ to 15 µ wide, and 2 µ to 4 µ thick. Cysts are
oval, have four nuclei, and are 8 µ to 12 µ long and 7 µ to
10 µ wide.

Hosts. Giardia duodenalis occasionally is found in
rabbits. It also infects many other mammalian species,
including dogs and cats, and is worldwide in distribution.
It is one of the most common enteric parasites of humans
and a frequent cause of diarrheal disease4.

Life Cycle. Giardia duodenalis inhabits the proximal
small intestine, where trophozoites adhere to the epithelial
surface. Cysts are passed in the feces, and new hosts
become infected by ingestion of cysts, commonly via con-
taminated water, but also via food and soil.

Pathologic Effects and Clinical Disease. It is uncer-
tain whether G. duodenalis is pathogenic for rabbits, but it
has been associated with diarrheal disease and mortality in
domestic rabbits in a few cases5.

Diagnosis, Treatment, and Prevention. Trophozoites
and cysts are demonstrable in fecal smears or flotations.
Levine1 recommends zinc sulfate for flotation to avoid dis-
tortion of the cysts, fixation with Schaudinn’s fluid, and
staining with iron hematoxylin. The organisms also can be
demonstrated by immunohistochemical and molecular
methods1,6. Metronidazole in the drinking water has been
used successfully to treat infected rabbits5. Prevention is by
sanitary measures to prevent contamination of water, food,
and the environment with cysts. Water treatment by filtra-
tion and chlorination is effective, but malfunctions can
allow contamination of municipal water supplies.

Public Health Considerations. Giardia duodenalis is
a common human pathogen, but the infectivity for
humans of genotypes from rabbits is not clear4. There are
no reports of human infection acquired from rabbits.

Monocercomonas cuniculi
Monocercomonas spp. have piriform cell bodies, an
axostyle, and four flagella, three of which extend anteriorly
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and one of which is trailing1. Monocercomonas cuniculi
occurs in the cecum of domestic rabbits, is 5 µ to 14 µ
long, and is nonpathogenic.

Retortamonas cuniculi
Retortamonas spp. have pyriform to fusiform cell bodies
with two flagella, one of which extends anteriorly, the other
posteriorly1. Retortamonas cuniculi (Syn. Embadomonas
cuniculi) inhabits the cecum and is nonpathogenic.
Trophozoites are 5 µ to 10 µ by 7 µ to 13 µ and cysts are 3 µ
to 4 µ by 5 µ to 7 µ.

Trypanosoma nabiasi
Trypanosoma nabiasi is a hemoflagellate found occasionally
in wild European rabbits, but is very unlikely to occur in
laboratory rabbits5. Trypomastigote forms measure 24 µm
to 28 µm long. Cyclic development occurs in the flea, Spi-
lopsyllus cuniculi.

Class Sarcodina (Amoebae)

Entamoeba cuniculi
Entamoeba cuniculi is a nonpathogenic commensal
amoeba of the cecum and colon of rabbits throughout the
world1,5. Morphologically it is similar to Entamoeba muris.
The interested reader is directed to Chapter 11, Parasites
of Rats and Mice for additional information. Trophozoites
are 10 µ to 30 µ in diameter. Cysts have eight nuclei and
are 7 µ to 21 µ in diameter.

Phylum Apicomplexa

Besnoitia oryctofelisi

The life cycle of Besnoitia spp. is associated with a preda-
tor-prey relationship. Definitive hosts of Besnoitia spp. are
felids, and the intermediate hosts include a wide variety of
prey species such as cattle, horses, goats, wildebeest, kudu,
impala, opossums, rats, mice, and others1. The life cycle is
similar to that of Toxoplasma gondii, and no disease occurs
in definitive hosts. Cysts in tissues of intermediate hosts
are large, have a thick wall, and have enlarged host cell
nuclei at the periphery. Besnoitia oryctofelisi is reported
from domestic rabbits in Argentina7. Infection with an
unidentified Besnoita sp. was found in a domestic rabbit in
Kenya that died suddenly and had suppurative broncho-
pneumonia8. Cysts measuring 127 µ to 185 µ in diameter
were found in areas of the lungs not affected by broncho-
pneumonia and were associated with a mild mononuclear
inflammatory reaction.
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Cryptosporidium sp.

Morphology. Protozoa of the genus Cryptosporidium are
intracellular extracytoplasmic parasites of the gastrointesti-
nal tract. Replicative stages are located within the microvil-
lus border of the host cell and protrude above its surface,
rather than being located in the cytoplasm beneath the cell
surface as is typical of coccidia in general9. Cryptosporidial
oocysts contain four sporozoites, which are not contained
within sporocysts10. Oocysts of Cryptosporidium spp. of
mammals are similar in size and shape, ranging from 4.6 µ
long by 4 µ wide (C. felis) to 8.4 µ long by 6.2 µ wide (C.
muris)11. Dimensions of oocysts of rabbit cryptosporidia
have not been reported.

Intracellular stages of rabbit Cryptosporidium have
been described12. Light and electron microscopic features
of C. parvum recently were reviewed13, and excellent trans-
mission electron micrographs have been published show-
ing the intracellular stages of the life cycle and the
characteristic “feeder” organelle9.

Hosts. The species of Cryptosporidium that infects
lagomorphs is not known, because the taxonomy of the
cryptosporidia is unsettled and because most reports of
cryptosporidia in rabbits appeared before the availability of
molecular techniques. Based on genetic analysis, morphol-
ogy, and host range, Xiao and co-workers10 consider 13
species to be valid. Recently, a novel genotype was reported
from European rabbits14, suggesting the existence of a
species or host-adapted strain specific for rabbits. The rab-
bit genotype was closely related to C. hominis, C. melea-
gridis, and other cryptosporidia known to affect humans.
Cryptosporidium sp. infection has been reported in labora-
tory rabbits and a cottontail rabbit in the United States
and in European rabbits12–16.

Life Cycle. The life cycle of cryptosporidia of rabbits
has not been described; however, it is presumed to be similar
to that of C. parvum, which has been studied extensively9.
Briefly, sporozoites released from ingested oocysts invade
intestinal epithelial cells and undergo two generations of
merogony. Second-generation merozoites develop into sex-
ual stages which fuse to produce zygotes, which mature into
unsporulated oocysts. Oocysts undergo two internal divi-
sions to form four sporozoites each. The oocyst wall devel-
ops while still in the parasitophorous vacuole. About 20% of
the oocysts are thin-walled and are capable of autoinfection,
which is believed to allow the organism to persist in the host.
The remaining thick-walled, environmentally resistant
oocysts are shed in the feces and are infectious for new hosts.
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assess exposure. Various polymerase chain reaction-based
methods have been developed and have the advantage of
both sensitive detection and specific identification18–20.

Treatment. There is currently no treatment known to
be effective against Cryptosporidium sp. infection in rab-
bits, but, because most reported cases have been subclini-
cal, treatment is generally unwarranted. In the event of
clinical disease, supportive therapy to maintain hydration
and electrolyte balance probably would be sufficient.

Prevention. Prevention is by adherence to sanitary
practices, which interrupt fecal-oral transmission of infec-
tious oocysts. Oocysts may be widely distributed in the
environment because of the broad host species distribution
of cryptosporidia, the large numbers of oocysts shed during
active infection, and the resistance of oocysts to environ-
mental conditions and common disinfectants9,18. Water-
borne transmission is a significant risk, because oocysts can
find their way into water supplies, and only small numbers
of oocysts are necessary to establish infection.

Public Health Considerations. Animals, especially
calves, are frequent sources of human infection9 but cryp-
tosporidiosis acquired from rabbits has not been reported.

Eimeria stiedae

Morphology. Oocysts of Eimeria spp. have four sporo-
cysts, each of which contains two sporozoites1 (Figure
15.3). Eimeria stiedae oocysts are elongated ovoid or ellip-
soidal, and measure 28 µ to 42 µ by 16 µ to 25 µ with a 
6-µ to 10-µ micropyle1,5 (Figure 15.4). The wall is smooth
and colorless to red-orange. An oocyst residuum is present,

Pathologic Effects. Intestinal lesions in most host
species follow a pattern which includes loss of enterocytes
and villus atrophy and fusion, accompanied by lamina
propria edema and infiltration by inflammatory cells,
which can be mixed or primarily mononuclear9. In rabbits,
changes in the intestinal mucosa are minimal, and include
a slightly decreased villus to crypt ratio, loss of microvilli
from enterocytes where the organisms attached, and slight
lamina propria edema (Figures 15.1 and 15.2)12,15. A
broiler rabbit with diarrhea had villus atrophy16.

Clinical Disease. Domestic rabbits in which Cryp-
tosporidium sp. infection was identified were clinically nor-
mal12,15. Cryptosporidia have been identified in rabbits
with diarrhea or other signs, but other possible etiologic
agents also were present, making the role of Cryptosporid-
ium infection impossible to determine with certainty17.
Diarrheal disease in broiler rabbits in the Czech Republic
was attributed to C. parvum16. The duration of illness was
three to five days, and was accompanied by anorexia,
lethargy, and dehydration.

Diagnosis. Methods for diagnosis of Cryptosporidium
sp. infection have been published18. In laboratory animals,
the diagnosis usually is based on histologic examination of
the intestine. When numerous, oocysts are demonstrable in
fecal wet mounts, but, in general, specimens should be con-
centrated by flotation. Staining of such preparations by
methods such as Giemsa, safranin-methylene blue, Kin-
youn, Ziehl-Neelsen, and DMSO-carbol fuchsin enhances
visibility of oocysts. Immunofluorescent techniques also are
used, but do not differentiate among oocysts of different
cryptosporidia. Serologic methods such as ELISA also do
not differentiate among cryptosporidia, but are useful to

Fig. 15.1 Cryptosporidium sp. infection, small intestine. Organisms in
microvillus border (arrows). Bar = 125 µ. Reproduced from Rehg, J.E.,
Lawton, G.W., and Pakes, S.P. (1979) with permission.

Fig. 15.2 Cryptosporidium sp. trophozoite within microvillus border,
showing attachment zone (double arrows) and enveloping host cell
membrane (single arrow). Bar = 1 µ. Reproduced from Rehg, J.E., Law-
ton, G.W., and Pakes, S.P. (1979) with permission.
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but is small and difficult to see among the sporocysts.
Sporocysts are 8 µ to 10 µ by 17 µ to 18 µ and contain a
Stieda body.

Hosts. Eimeria stiedae (Syn. M. stiedae, Coccidum ovi-
forme, C. cuniculi, Psorospermium cuniculi)1 is common in
domestic rabbits throughout the world, and also is
reported from cottontail rabbits and hares1,5. Laboratory
rabbits raised according to modern standards are generally
free of the organism, but cases occasionally are reported25.

Life Cycle. Ingested sporulated oocysts excyst in the
duodenum. Sporozoites enter the intestinal mucosa and
are carried to the liver by the portal veins, lymphatics, or
both, possibly intracellularly in lymphatic monocytes.
Upon reaching the liver, the sporozoites enter biliary
epithelial cells, where they undergo an unknown number
of generations of schizogony. Developing schizonts are evi-
dent three to six days after infection. Mature schizonts are
15 µ to 18 µ in diameter. Gametogeny can be evident by
11 days after infection. After the onset of gametogeny,
developing and mature microgametes, macrogametes, and
schizonts all are present concurrently. After fertilization,
macrogametes develop an oocyst wall and exit the biliary
epithelium and the liver. They then enter the intestine in
the bile, pass out of the host, and undergo sporulation.
The prepatent period is 14 to 18 days, and the patent
period is 21 to 37 days1,5.

Pathologic Effects. In severely affected rabbits, the
liver is enlarged and all lobes contain discrete, yellow-gray
bosselated or nodular lesions up to 2 cm in diameter
(Figure 15.5). These are elevated above the capsular surface
and tend to have a cord-like and sometimes tortuous
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pattern. On the cut surface, these lesions are evident
throughout the hepatic parenchyma and are hollow and
filled with bile or inspissated exudate and debris. Depend-
ing on severity and duration, affected bile ducts can be
fibrotic and difficult to cut. The gall bladder also can be
affected. Ascites occurs occasionally. Lesions are corre-
spondingly less severe in mildly affected rabbits.

Microscopic changes in the bile ducts and gall bladder
are highly characteristic. The epithelium undergoes dra-
matic papilliferous hyperplasia, with numerous developing
and mature schizonts, gametocytes, and oocysts within
epithelial cells (Figure 15.6). Affected ducts often are dis-
tended, and the lumina contain oocysts, cell debris, and
inflammatory cells. The inflammatory response is primar-
ily lymphyocytic and plasmacytic, but in some cases there
are significant numbers of neutrophils and macrophages.
In severely affected ducts, mucosal destruction can result
in leakage of the contents, which provokes severe granulo-
matous inflammation. In severe cases of sufficient dura-
tion, there can be a pronounced fibrotic response around
affected ducts.

Mild peribiliary lymphoplasmacytic inflammation is
common in domestic rabbits in which E. stiedae parasitism
is not evident. Whether this represents resolved or treated
infection is unclear.

Changes in serum components, including globulins,
lipoproteins, enzymes, and bilirubin, are reported in
hepatic coccidiosis. Metabolic acidosis26 and vitamin E
deficiency27 have been reported in experimental disease.

Clinical Disease. Clinical signs are variable. Subclini-
cal disease is common. Severe disease, which is more com-
mon in younger rabbits, is characterized by anorexia,
lethargy, diarrhea, abdominal enlargement due to
hepatomegaly, and icterus. The enlarged liver can com-
prise up to 20% of the body weight. Death can occur in
young rabbits with very severe disease. Older rabbits are
resistant.

Diagnosis. Eimeria stiedae infection can be detected
by examining fecal specimens for oocysts in direct smears
or flotations. However, oocysts may not be present in the
feces in acute infection, and care must be taken in identify-
ing oocysts, because those of some other Eimeria spp. of
rabbits are similar. Demonstration of oocysts in bile at
necropsy or of characteristic lesions with intraepithelial
forms by histopathologic examination is definitive. Sero-
logic tests have been developed but are not routinely used5.

Treatment. Sulfonamides such as sulfamerazine and
sulfaquinoxaline are widely used coccidiostats and are

Fig. 15.3 Structure of sporulated Eimeria sp. oocyst. Reproduced
from Levine, N.D. (1961) with permission.
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Fig. 15.4 Eimeria of the rabbit (sporulated oocysts). (A) E. stiedae. (B) E. magna. (C) E. perforans. (D) E. media. (E) E. irresidua. (F) E. piriformis.
(G) E. coecicola. (H) E. elongata. (I) E. intestinalis. (J) E. matsubayashii. (K) E. nagpurensis. (A),(B),(C),(D),(E) reproduced from Carvalho, J.C.M.
(1942); (F) reproduced from Kheisin, E.M. (1948); and (G),(H),(I),(J),(K) reproduced from Gill, B.S. and Ray, H.N. (1960) with permission.

Fig. 15.5 Chronic proliferative cholangitis caused by E. stiedae. Cour-
tesy of J.E. Harkness, Mississippi State University.

Fig. 15.6 Proliferated biliary epithelium with numerous intracellular
E. stiedae forms and lymphoplasmacytic inflammatory cell response.
Hematoxylin and eosin stain. Courtesy of J.E. Harkness, Mississippi
State University.
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effective inhibitors of E. stiedai at dosages of 0.02% to
0.10% in the drinking water or 0.03% to 1% in the feed5.
Such treatments prevent disease and allow immunity to
develop, which renders rabbits resistant to challenge.
Other drugs reported to be effective include monensin,
salinomycin, maduramycin, �-difluoromethylornithine,
toltrazuril, methyl benzoquate and clopidol in combina-
tion, and narasin23, 28–32.

Prevention. Control of hepatic coccidiosis is by pre-
venting exposure to oocysts in feces or contaminated food
or water5. Important measures include use of cages
designed to facilitate efficient removal of droppings, fre-
quent and thorough cleaning of cages and feeding and
watering equipment with hot water and detergent, con-
trolling vermin such as flies that could serve as mechanical
vectors, educating personnel regarding the need for clean-
liness and the risk of mechanical transmission by caretak-
ers, and removing susceptible young rabbits from infected
mothers as soon as possible.

Control is complicated by the resistance of oocysts to
commonly used disinfectants, the difficulty of completely
eliminating oocysts from the environment, shedding of
oocysts from infected rabbits, and the direct life cycle of the
organism. For these reasons prophylaxis with coccidiostats is
a common practice. Rabbits free of E. stiedae are produced in
colonies maintained according to strict barrier procedures. It
is possible to substantially increase resistance by immuniza-
tion33. However, no commercial vaccine is available.

Public Health Considerations. Eimeria stiedae does
not infect humans.

Eimeria spp.

Morphology. More than a dozen Eimeria spp. are reported
from the intestine of rabbits1,5. Distinguishing morpho-
logic features of the oocysts of intestinal Eimeria spp. of
rabbits are given in Table 15.1.

Hosts. Intestinal coccidia are common in wild and
domestic O. cuniculus rabbits worldwide5,34,35. Intestinal
coccidia also are common among cottontail rabbits and
hares36,37. However, with the possible exception of E.
neoleporis, it appears that intestinal coccidia of lagomorphs
are host specific and that transmission to hosts of different
genera does not occur5.

Life Cycle. Oocysts passed in the feces undergo
sporogony and become infective. Ingested infective
oocysts release sporozoites in the intestine, where they
invade the epithelium and undergo schizogony. Game-
togony occurs after a number of generations of schizogony
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characteristic of each species. Fertilized macrogametes
develop into oocysts, which are released from the host cells
and passed from the host.

Pathologic Effects. Effects of coccidial infection
vary5. In many cases the organisms provoke little or no
reaction (Figure 15.7). In susceptible rabbits infected with
virulent Eimeria spp., there can be extensive necrosis of
epithelial cells, with edema, hemorrhage, and a mixed
inflammatory cell response including neutrophils,
macrophages, and lymphocytes. Affected areas can be
grossly visible as multiple pale foci in the mucosa.

Clinical Disease. Severity of intestinal coccidiosis
varies according to host susceptibility, infecting dose, and
coccidial species. Infection with more than one Eimeria
species is common. Many infections are subclinical5. In
young rabbits, infection with more virulent Eimeria spp.
can cause weight loss or failure to gain weight; diarrhea,
which can be watery and bloody; dehydration; and death.
In extreme cases, death can occur before oocysts are pres-
ent in the feces.

Diagnosis. Diagnosis is by examination of fecal spec-
imens, as described for E. stiedae, and by histologic exami-
nation of intestine.

Treatment. Treatments for E. stiedae generally are
applicable to intestinal coccidia. Harkness and Wagner38

recommend as coccidiostats sulfaquinoxaline (0.04% in
water or 125 to 250 ppm in feed), sulfamethazine
(0.077% in water or 0.5 to 1% in feed), sulfadimethoxine
(75 to 100 mg/kg body weight), monensin (20 to 40 ppm
in feed), decoquinate (62.5 ppm in feed), Rofenaid® (sul-
fadimethoxine + ormetoprim; 62.5 to 250 ppm in feed),
lasalocid (120 ppm in feed), and diclazuril (1 ppm in
feed). Polozowski39 reported that salinomycin (25 to 50
ppm in feed), maduramycin (2 to 3 ppm), Lerbek® (clopi-
dol + methylbenzoquate; 216.7 ppm), lasalocid (90 to 125
ppm), monensin (20 ppm), and robenidine (66 ppm) were
highly effective in treating farmed rabbits in Europe that
were infected with up to nine Eimeria species. Production
was best in rabbits given salinomycin or maduramycin (2
ppm or 3 ppm). Narasin and maduramycin at 4.5 ppm
was toxic, and robenidine was not effective against E.
stiedae. Vanparijs and co-workers40 recommend continu-
ous treatment with 1 ppm diclazuril.

Prevention. Prevention is by the same measures as
those for E. stiedae. McPherson and co-workers41 reported
eliminating intestinal Eimeria spp. from a breeding colony
by rigorous sanitation, treatment with sulfaquinoxaline,
and testing for infection and removing infected rabbits.
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TABLE 15.1 Oocyst Morphology of Intestinal Eimeria Species of Rabbits1,5,34,184.

Species Dimensions (µ) Shape Wall Micropyle Residual body

E. coecicola 23–40 � 15–21 (ave. 29 � 18) Ellipsoid Light yellow Prominent Variable
E. elongata 35–40 � 17–20 Elongate ellipsoid Light gray Prominent None
E. exigua 12–21 � 10–18 (ave. 15 � 13) Ovoid Colorless None None
E. flavescens 25–37 � 14–24 (ave. 32 � 21) Broad ellipsoid Light yellow, bilayered Prominent None
E. intestinalis 21–36 � 15–21 (ave. 27 � 18) Ellipsoid, piriform, or ovoid Light yellow to light brown Present Large, granular
E. irresidua 35–42 � 19–28 (ave. 38 � 26) Ovoid to ellipsoid Light yellow, bilayered Prominent Small, variable
E. magna 27–41 � 17–29 (ave. 35 � 24) Ovoid to ellipsoid Dark yellow, orange, or brown; bilayered Prominent, lipped Large
E. matsubayashii 22–29 � 16–22 (ave. 25 � 18) Ovoid Light yellow Present Variable
E. media 19–37 � 13–22 (ave. 31 � 18) Ovoid to ellipsoid Light pink, thick Present Large
E. nagpurensis 20–27 � 10–15 (ave. 23 � 13) Barrel-like Colorless None None
E. neoleporis 33–44 � 16–23 (ave. 39 � 20) Elongate ellipsoid Light pink to yellow, bilayered Present Usually none
E. perforans 15–30 � 11–20 (ave. 21 � 15) Ellipsoid Colorless to light pink, bilayered Indistinct Small
E. piriformis 26–33 � 15–21 Piriform Yellow-brown to dark brown, bilayered Prominent None
E. roobroucki — — — — —
E. vejdovskyi Ave. 29 � 18 — — — —
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Public Health Considerations. Eimeria spp. of rab-
bits do not infect humans.

Hepatozoon cuniculi

Asexual stages of Hepatozoon (syn. Leukocytogregarina) spp.
occur in the liver or other visceral organs of a vertebrate
host, gametes develop in erythrocytes or leukocytes, and
fertilization and sporogony occur in hematophagous
arthropods1. There is one report from Italy of Hepatozoon
sp. infection in domestic rabbits, in which gametocytes
were found in leukocytes and schizonts in the spleen5.

Sarcocystis cuniculi

Morphology. The morphologic features of Sarcocystis sp.
oocysts are presented in Chapter 18, Parasites of Cats. In
the rabbit, tissue cysts can be up to 5 mm long and can be
grossly visible in affected muscle. Compartmentalization
by thin internal septa is evident microscopically. Immature
cysts contain round metrocytes 4 µ to 5 µ in diameter,
whereas mature cysts contain curved, fusiform bradyzoites
11 µ to 16 µ long and 4 µ to 6 µ wide.

Hosts. Sarcocystis cuniculi infection occurs worldwide
and is common in wild rabbits, but it is rare in domestic
rabbits and has not been reported in laboratory rabbits1,5.

Life Cycle. Felids are the definitive hosts of S. cuni-
culi. Rabbits become infected by ingestion of infective
oocysts in cat feces. Sarcocysts develop in striated muscle
and become infective for cats after about three months.
Transmission to cats is via preying upon or scavenging
infected rabbits.

Pathologic Effects. Sarcocysts occur in cardiac and
skeletal muscle (Figures 15.8 and 15.9), in which they
appear grossly as narrow pale streaks oriented parallel to
the myofibers, although in mild infections they may not be
readily visible. Intact cysts do not induce an inflammatory
response. However, those that rupture or degenerate pro-
voke severe myocarditis or myositis adjacent to the cysts,
with accumulation of mixed inflammatory cells including
lymphocytes, plasma cells, macrophages, and eosinophils,
and with mineralization of degenerated myofibers. The
lesions heal by scarring.

Clinical Disease. Infections in rabbits are usually sub-
clinical, although severe infection can induce lameness5.

Diagnosis, Treatment, and Prevention. In most
cases the diagnosis is based on typical gross lesions with
confirmation by histopathologic findings5. Sarcocystis
cuniculi sarcocysts usually are septate and the wall contains
densely packed fine projections visible at high magnifica-
tion. Organisms can be demonstrated in smears of fresh
muscle by phase microscopy or Giemsa staining. Treat-
ment of S. cuniculi infection in rabbits has not been
reported. Prevention is by sanitary husbandry practices to
prevent exposure to cat feces.

Public Health Considerations. Human infection
with S. cuniculi has not been reported.

Sarcocystis leporum

Sarcocystis leporum infection is common in cottontail rab-
bits5. Sexual stages occur in cats and raccoons42. The sarco-
cysts of S. leporum are similar to those of S. cuniculis43.
The two organisms have been considered synonymous,

Fig. 15.7 Eimeria sp. in colonic mucosa. Hematoxylin and eosin
stain. Courtesy of J.E. Harkness, Mississippi State University.

Fig. 15.8 Sarcocystosis, skeletal muscle. Pale streaks are grossly visible
sarcocysts. Courtesy of J.E. Harkness, Mississippi State University.
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but sporocysts from cats fed muscle from infected cotton-
tail rabbits are not infective for domestic rabbits42.

Toxoplasma gondii

Morphology. Morphologic characteristics of Toxoplasma
gondii are presented in Chapter 18, Parasites of Cats.

Hosts. The interested reader is directed to Chapter
18, Parasites of Cats, for information on the host range of
T. gondii. Briefly, definitive hosts are domestic and wild
felids1. Intermediate hosts include numerous species of
birds and mammals, including rabbits1. Toxoplasmosis in
domestic rabbits was first reported in the early 1900s5. It
has since been reported in rabbits from various locations
around the world, and results of serologic surveys have
suggested that subclinical infections were prevalent. There
are only two reports of the disease in domestic rabbits in
the United States44,45, and no reports of toxoplasmosis in
laboratory rabbits. Domestic rabbits may be relatively
resistant, because they have been reported to develop only
subclinical infection after experimental inoculation,
whereas hares developed severe disseminated disease46.
However, significant losses have occurred among domestic
rabbits in Europe47. It is possible that experimental manip-
ulation could activate latent infection5.

Life Cycle. Rabbits become infected through inges-
tion of sporulated oocysts in cat feces. Parasitemia persists
until circulating antibodies develop. Multiplication in sites
of dissemination continues until the host dies or develops
an effective immune response, in which case tachyzoites
disappear, leaving bradyzoites in cysts. Cysts differ in per-
sistence among different organs. They can persist in the

brain and perhaps myocardium and skeletal muscle for
long periods, possibly years, but disappear from other
organs more rapidly. Cysts can contain many thousands of
tightly packed bradyzoites and be up to 100 µ in diameter.

Pathologic Effects. Acute disseminated toxoplasmo-
sis in rabbits is characterized by multifocal necrosis of
affected organs5,44,45. Very acute lesions may lack an
inflammatory cell response. The most prominent lesions
occur in the spleen, lymph nodes, lungs, liver, and heart.
Multiple pale foci of necrosis may be evident in the spleen,
liver, and lungs. The spleen can be so severely affected as to
be almost totally necrotic. Intra- and extracellular tachy-
zoites can be numerous in organs such as the lymph nodes
and spleen. Acute severe disease is more frequent in young
rabbits, whereas in older rabbits the course of the disease
may be more prolonged. In such cases, inflammatory cell
accumulation in lesions becomes increasingly prominent
and can eventually become granulomatous, and contain
progressively fewer organisms. Rabbits that recover have
latent infection characterized by cysts primarily in the
brain. There may be no reaction to the cysts, or there may
be multifocal gliosis, granulomatous inflammation, and
lymphocytic accumulations in the meninges and around
blood vessels. Such lesions are similar to those of encephal-
itozoonosis.

Clinical Disease. Clinical toxoplasmosis is rare in
rabbits. Reported clinical signs include fever, lethargy, ocu-
lonasal discharge, convulsions, tremors, ataxia, paraplegia,
and quadraplegia5. Death can occur suddenly or within
several days after the onset of signs. Some affected rabbits
have recovered.

Diagnosis. In most cases, the diagnosis can be estab-
lished from the type and distribution of lesions and the
morphology and staining characteristics of the organisms.
Transmission electron microscopic examination of affected
tissues also can be helpful. In acute severe disease, the
organisms may be demonstrable in smears of peritoneal
inflammatory cells stained with Wright-Giemsa. T. gondii
can be cultivated from affected tissues in cell culture or by
intraperitoneal inoculation of cortisone-treated mice48.
The organism also can be identified in tissues by immuno-
histochemistry49 or polymerase chain reaction50. Serologic
methods that have been used to test rabbit serum samples
for antibodies to T. gondii include the Sabin-Feldman dye
test, indirect immunofluorescence, and carbon immunoas-
say, but these rarely are used.

Treatment. Treatment of laboratory rabbits is generally
not warranted. However, drugs such as tetracyclines,

Fig. 15.9 Sarcocystis sp. cyst in skeletal muscle. Hematoxylin and
eosin stain. Courtesy of J.E. Harkness, Mississippi State University.
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dihydrotriazones, pyrimethamine, sulfadiazine, and spi-
ramycin have been used to treat human toxoplasmosis. Cur-
rently, combination therapy with sulfadiazine,
pyrimethamine, and folinic acid is most commonly used
and considered most effective51.

Prevention. Toxoplasmosis is prevented by housing
and husbandry practices that prevent contamination of
facilities, equipment, food, and water with cat feces,
including personnel education regarding hygiene practices
to prevent introduction of oocysts from pet cats. Oocysts
are resistant to many disinfectants, but are killed by heat-
ing and drying5.

Public Health Considerations. Toxoplasma gondii
infection is a significant health risk for pregnant women
and AIDS patients1,52. However, the likelihood of acquir-
ing the disease from laboratory rabbits is extremely low,
because personnel would have to consume infected rabbit
tissues.

Phylum Microspora

Encephalitozoon cuniculi

Morphology. Individual Encephalitozoon cuniculi (Syn.
Nosema cuniculi) spores are 1.5 µ to 2 µ by 2.5 µ to 4 µ;
oval, flattened on one side, or slightly curved; thick-walled;
and have eccentric nuclei5. Characteristic of
microsporidia, E. cuniculi spores have a polar filament
coiled within the inner wall53. The polar filament can be
seen by phase microscopic examination of wet mounts.
Some spores may spontaneously extrude the filament, and
the sporoplast may be evident at the end of the filament.
Treatments such as ether, hydrogen peroxide, or heat can
induce extrusion of the filament.

Hosts. Encephalitozoon cuniculi occurs in wild and
domestic mammals of many species throughout the world,
including rabbits, mice, rats, hamsters, guinea pigs, dogs,
foxes, cats, horses, pigs, squirrel monkeys, tamarins, and
humans54. It is not present in most populations of specific
pathogen-free rabbits, but is common in conventionally
raised domestic rabbits. Rhesus monkeys have been experi-
mentally infected with E. cuniculi from rabbits55. Serologic
evidence suggests that infection also occurs in cattle56 and
goats57, and the organism has been found in chicken
embryos58.

Isolates of E. cuniculi have been assigned to strains,
based on the number of tetranucleotide repeats in the
internal transcribed spacer region of the ribosomal RNA
gene, and into karyotypes, based on variations in elec-

trophoretically determined chromosome sizes54. Different
strains have distinct host distributions. Strain I (“rabbit
strain”), which includes karyotypes A, B, and C, infects
rabbits, mice, and humans. Strain II (“mouse strain”)
occurs in mice and blue foxes, and includes karyotype F.
Strain III (“dog strain”) parasitizes domestic dogs and
humans, and includes karyotypes D and E.

Life Cycle. Following infection, spores that come in
contact with host cells extrude the polar filament through
the host cell membrane, followed by expulsion of the
sporoplast into the host cell53. The sporoplast proliferates
and gives rise to meronts within a parasitophorous vacuole.
Meronts differentiate into sporoblasts, which become
sporonts and finally mature spores. Spores are discharged
from the enlarging parasitophorous vacuole by rupture of
the host cell, and may infect adjacent cells or be dissemi-
nated by the vascular system. New hosts become infected
by ingestion, or possibly inhalation, of mature spores shed
in excreta. In carnivores, transmission probably also occurs
by consumption of infected prey.

The primary mode of transmission of E. cuniculi
among rabbits is by ingestion of spores shed in the urine5.
Rabbits can be infected by experimental inoculation via
oral and other routes. It is unclear whether the organisms
undergo initial multiplication in intestinal epithelial cells,
but the organisms soon appear in many tissues. For the
first 30 days after inoculation, they are most numerous in
the kidneys, liver, and lungs; later, they are found mostly in
the kidneys, brain, and heart59. Serum antibodies develop
within three weeks after inoculation, but shedding can
persist for 60 days.

Transplacental transmission of E. cuniculi has been
documented in rabbits, mice, dogs, foxes, horses, and
squirrel monkeys54,60, and may also occur in guinea pigs61.
The frequency of vertical transmission is unclear, but
probably is less frequent in mildly affected hosts such as
rabbits and more common in severely affected hosts such
as dogs and foxes.

Pathologic Effects. The kidneys of infected rabbits
commonly have multifocal, pale, slightly depressed
foci that measure from pinpoint to a few mm in diameter
in the capsular surfaces5,59 (Figure 15.10). In acute dis-
ease, lesions may not be depressed and may be hemor-
rhagic. The microscopic features of the lesions include
necrosis; pyogranulomatous, lymphocytic, and plasma-
cytic inflammation; and tubular loss with scarring, depend-
ing on their age (Figure 15.11). Surface incision reveals
pale, linear, radiating streaks. In the brain, multifocal
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Diagnosis. Post-mortem diagnosis of encephalito-
zoonosis in rabbits is straightforward. Lesions are charac-
teristic and sufficient for a presumptive diagnosis.
Confirmation by use of special stains to demonstrate the
organisms in tissue sections is adequate for routine diag-
nostic purposes. Organisms are difficult to locate in hema-
toxylin and eosin (HE) stained sections, but are easily
identified using Brown and Brenn (Gram), Giemsa, and
Goodpasture’s carbol fuchsin stains (Figure 15.13). These
stains also help differentiate encephalitozoonosis from tox-
oplasmosis, which is rare in domestic rabbits44,45. Toxo-
plasma gondii stains negative with Gram stain, and is not
stained with Goodpasture’s carbol fuchsin. In addition, T.
gondii cysts have a distinct wall, whereas E. cuniculi
pseudocysts do not. Differentiation of encephalitozoonosis
from toxoplasmosis is described in detail by Shadduck and
Pakes64.

Serologic methods for detecting E. cuniculi antibodies
have been reported, including indirect fluorescence anti-
body (IFA), carbon immunoassay, complement fixation,
immunoperoxidase, indirect microagglutination, and
enzyme-linked immunosorbent assay (ELISA) tech-
niques65. Monitoring rabbit populations for E. cuniculi
infection by serologic means was not widely practiced
prior to availability of commercial testing, but inexpensive
serologic testing using ELISA methods now is readily
available commercially.

Other methods that have been used include a skin
test; identification of spores by immunofluorescence,
immunohistochemistry, or chitin-binding fluorescent
dyes; and mouse inoculation66. Encephalitozoon cuniculi

pyogranulomatous or granulomatous encephalitis, with
perivascular and leptomeningeal accumulation of lympho-
cytes and plasma cells, is characteristic (Figure 15.12). Any
part of the brain can be affected, but lesions are most
prominent in the cerebral cortex and periventricular areas.
Older lesions may be characterized only by glial nodules.
Lesions in organs other than the brain and kidneys are
uncommon. Organisms are most readily found in the
brain and kidneys, but only in early stages of the disease.

Clinical Disease. Infection in rabbits usually is sub-
clinical, but overt disease occasionally occurs62. Signs are
neurological, and include ataxia, tremors, paresis, hyperes-
thesia, opisthotonos, torticollis, convulsions, and paralysis.
One report describes an apparent epizootic of severe
encephalitozoonosis that occurred after introduction of
new rabbits into a rabbitry63.

Fig. 15.10 Encephalitozoonosis lesions in capsular surface of kidneys. Fig. 15.12 Granulomatous encephalitis with lymphoplasmacytic lep-
tomeningitis in encephalitozoonosis, cerebrum. Hematoxylin and eosin
stain.

Fig. 15.11 Chronic tubulointerstitial nephritis in encephalitozoono-
sis. Hematoxylin and eosin stain.
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also can be isolated and grown in cell cultures67. Electron
microscopy frequently is used to distinguish various
microsporidia in human infections59. Highly sensitive and
specific detection and identification of E. cuniculi can be
accomplished using polymerase chain reaction (PCR)
methods60. With appropriate sample preparation, PCR
methods can be applied to samples of urine, feces, fresh or
fixed embedded tissue, and cultured cells that contain the
organism.

Treatment. Little information is available regarding
treatment of encephalitozoonosis in rabbits, and treatment
is unlikely to be indicated in a laboratory setting. In a trial
in which serologically positive rabbits were given fenben-
dazole in the feed for four weeks, E. cuniculi was isolated
from the brains of control rabbits but not from those of
treated rabbits68. However, responses of pet rabbits to fen-
bendazole and albendazole have been variable62.

Prevention. Encephalitozoon-free rabbits are commer-
cially available, and are protected from re-infection by pre-
venting exposure to viable spores in excreta of infected
animals or contaminated environments. This is accom-
plished by adherence to building and husbandry standards
that preclude contamination. Chlorination is effective
against E. cuniculi in water69. Spores are susceptible to
common disinfectants70. Thus, careful sanitation greatly
reduces the likelihood of exposure to viable spores. Regular
monitoring by serologic testing should be conducted to
assure continued E. cuniculi-free status.

Elimination of E. cuniculi from breeding colonies
may be achieved by combining sanitation measures with
frequent serologic testing and eliminating seropositive

rabbits. Breeding stock also can be obtained by Cesarean
rederivation. Because of the possibility of transplacental
transmission, rederived rabbits should be thoroughly
tested by serologic methods or urine polymerase chain
reaction assay.

Public Health Considerations. Microsporidia now
are known to be significant opportunistic pathogenic fungi
affecting immunosuppressed individuals. At least a dozen
or more species have been identified. Of these, E. cuniculi
appears to be among the most virulent. Zoonotic transmis-
sion from rabbits has not been reported, but without evi-
dence to the contrary the possibility must be considered.

Enterocytozoon bieneusi

Enterocytozoon bieneusi has been demonstrated in farmed
domestic rabbits in Spain72. Its spores have a single nucleus
and are quite small, about 1 µ by 1.5 µ54. Enterocytozoon
bieneusi is one of the most common microsporidian
opportunists in humans with HIV disease, in which it par-
asitizes intestinal and biliary epithelium71. The risk of
human infection from rabbits is unknown but is consid-
ered to be low.

TREMATODES

Fasciola hepatica

The biology of Fasciola hepatica is presented in Chapter 20,
Parasites of Sheep and Goats. Briefly, F. hepatica infects many
species of mammals, including humans, and is globally dis-
tributed. Infection in lagomorphs can be common in areas in
which infected ruminants graze, and it is possible that lago-
morphs could serve as a reservoir73. Rabbits become infected
by ingesting metacercariae on vegetation or in water. Adult
flukes inhabit the liver and bile ducts. Infection of rabbits is
asymptomatic. Diagnosis is by finding eggs in feces. The
need to treat F. hepatica infection in laboratory rabbits is
extremely unlikely. Prevention is by preventing ingestion of
infective metacercariae. Fasciola hepatica infects humans, but
there are no reports of transmission from rabbits.

Hasstilesia tricolor

Morphology. Hasstilesia tricolor adults are very small, 350 µ
to 640 µ long and 480 µ to 1,200 µ wide, and have ventral
and oral suckers and a spinous cuticle73. The three color
shades for which it is named are visible only in fresh, living
specimens. The eggs are typical operculated trematode eggs
and measure 20 µ to 22 µ long by 13 µ to 15 µ wide.

Fig. 15.13 Encephalitozoon cuniculi organisms in renal lesion. Brown
and Brenn stain.
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Hosts. Hasstilesia tricolor is common in wild rabbits
in the United States73, but has not been reported in
domestic rabbits.

Life Cycle. Terrestrial snails serve as intermediate
hosts73. Rabbits can become infected by ingesting either
infected snails or free metacercariae. Adult trematodes
develop in the small intestine with a prepatent period of 21
to 25 days.

Pathologic Effects and Clinical Disease. There is
only one report of illness associated with H. tricolor infes-
tation74. Thus, infestation appears to be subclinical in
most cases.

Diagnosis, Treatment and Prevention. Diagnosis of
Hasstilesia sp. infection is by demonstration of eggs in feces or
of adults at necropsy. There are no reports of treatment. Pre-
vention is by preventing ingestion of the intermediate host.

Public Health Considerations. There are no reports
of Hasstilesia sp. infection in humans.

CESTODES

Domestic rabbits and other lagomorphs serve as hosts of
cestodes of the order Cyclophyllidea. Cestodes of which
lagomorphs are definitive hosts are of the families Anoplo-
cephalidae or Davaineidae, whereas those of which lago-
morphs are intermediate hosts are members of the family
Taeniidae.

Adult Tapeworms of the Family
Anoplocephalidae

Morphology. Members of the Anoplocephalidae lack a
rostellum and hooks73. Among anoplocephalids of lago-
morphs, the maximum size of Cittotaenia variabilis is up to
450 mm long by 10.5 mm wide; Mosgovoyia (Syn. Citto-
taenia) pectinata americana, 240 mm by 11 mm; Mosgov-
oyia perplexa, 198 mm by 11 mm; Mosgovoyia (Syn.
Ctenotaenia) ctenoides, 800 mm by 10.5 mm; and Monoe-
cocestus americana, 47 mm long by 6.5 mm wide75–77.

Hosts. Anoplocephalid cestodes are worldwide in dis-
tribution among lagomorphs. Cittotaenia variabilis has
been found in domestic rabbits in the United States, and
C. variabilis, M. pectinata, M. perplexa, M. americana, and
M. ctenoides are reported from wild North American lago-
morphs78,79. Mosgovoyia perplexa, M. ctenoides, M. ameri-
cana, Andrya cuniculi, M. pectinata, Cittotaenia
denticulata, and Paranoplocephala wimerosa are found in O.
cuniculus rabbits in Europe37,80–83. Mosgovoyia pectinata
has also been reported from scrub hares in South Africa84,

and Anoplocephaloides romerolagi has been described from
the volcano rabbit85.

Life Cycle. The life cycles are incompletely known in
most cases, but the usual intermediate hosts of anoplo-
cephalid cestodes are orbatid mites. Cysticercoids develop
in mites that ingest eggs passed from the definitive host,
and new hosts become infected by ingesting infected mites.
Adult cestodes of lagomorphs inhabit the small intestine.

Pathologic Effects and Clinical Disease. Most
infections are subclinical, but large numbers of tapeworms
have been associated with enteritis and intestinal obstruc-
tion and perforation73.

Diagnosis, Treatment, and Prevention. Diagnosis in
live rabbits is by identification of eggs in fecal specimens.
Praziquantel is effective against adults, but incompletely
effective against larvae73. The usual dose is 5 mg/kg, but
higher doses can be used, because the oral toxic dose of
praziquantel for rabbits is 1000 mg/kg86. Inasmuch as
orbatid mites are non-parasitic mites that feed on plants,
infection effectively is prevented by feeding properly
stored commercial diets. Cestode infestation in research
rabbits obtained from a poorly maintained conventional
rabbitry is possible, but proper husbandry practices would
prevent dissemination within the facility.

Public Health Considerations. Anoplocephalid ces-
todes of rabbits do not infect humans.

Adult Tapeworms of the Family
Davaineidae

Several species of Raillietina occur in wild lagomorphs in
North America, including Raillietina salmoni (Syn. R.
stilesiella), R. selfi, R. loeweni, and R. retractalis73. Natural
infection of domestic rabbits is not reported. Ants serve
as intermediate hosts. Adult cestodes occupy the small
intestine.

Larval Tapeworms of the Family Taeniidae

Taenia pisiformis

Morphology. Cysticerci of Taenia pisiformis occur in lago-
morphs as thin-walled, fluid-filled cysts up to 18 mm in
diameter attached to the surfaces of the abdominal vis-
cera73 (Figure 15.14).

Hosts and Life Cycle. Lagomorphs are intermediate
hosts of T. pisiformis throughout the world36,37,82,87. Defin-
itive hosts include dogs, foxes, and, less frequently, other
carnivores. Domestic rabbits are susceptible to infection
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Public Health Considerations. Taenia pisiformis is
not known to affect humans.

Taenia serialis

Morphology. Coenuri of Taenia serialis are large, fluid-filled
cysts up to 5 cm in diameter in the subcutis or connective
tissue between skeletal muscles73. Numerous scolices may be
present and may be arranged in rows (Figure 15.15).

Hosts and Life Cycle. Many species of lagomorphs
can serve as intermediate hosts of T. serialis, adults of
which occur in dogs and foxes73. Although T. serialis
occurs in many locations throughout the world, it is less
widely distributed and less common than T. pisiformis.
Coenuri have been reported in laboratory and pet domes-
tic rabbits92. The life cycle of T. serialis is similar to that of
T. pisiformis111.

Pathologic Effects and Clinical Disease. Coenuri in
the subcutis typically have little effect on the host. Those
located in the musculature can compromise mobility, espe-
cially if numerous.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention are as for T. pisiformis. The
superficial location and size of the coenuri allow ready
diagnosis in a living animal. Surgical removal of a cyst
from a pet rabbit has been reported90.

via contamination of food or surroundings by feces of
infected dogs or foxes.

Gravid proglottids passed from the definitive host
contain infective eggs. Eggs ingested by the intermediate
host hatch in the intestine. Larvae migrate via the portal
veins to the liver and occasionally other viscera such as the
mesenteric lymph nodes or lungs. Larval development
occurs during migration in the liver. After about two to
four weeks, larvae emerge from the liver, encyst on the liver
capsule or other abdominal serosal surfaces, and develop
into infective cysticerci. Definitive hosts become infected
by consuming infected rabbits.

Pathologic Effects and Clinical Disease. Naturally
occurring infections are seldom clinically evident.
Metacestode migration in the liver can cause focal granulo-
matous inflammation and fibrosis. Severe infections, more
typical of experimental inoculation, can result in severe
hepatitis with chronic wasting or death111.

Diagnosis, Treatment, and Prevention. Diagnosis of
cysticercosis in laboratory rabbits usually occurs inciden-
tally at necropsy. Microscopic examination of cyst fluid
specimens collected by fine needle aspiration is diagnostic
if parasite parts are present88. Cysts also can be detected by
imaging techniques such as radiography and ultra-
sound89,90. Treatment rarely is indicated. Prevention is by
proper husbandry to prevent contamination of the feed
and environment with feces of domestic or wild canids.
This includes thorough washing of fresh foods, if used,
and insect control, because mechanical transmission by
blowflies has been demonstrated91.

Fig. 15.14 Taenia pisiformis cysticerci in serosa of abdominal viscera
(above) and peritoneum (below). Courtesy of J.E. Harkness, Mississippi
State University.

Fig. 15.15 Taenia serialis coenurus from the intermuscular connective
tissue of a rabbit. Note numerous buds. Courtesy of Marietta Voge,
University of California.

34442 Ch 15 451-500.qxd  3/28/07  1:24 PM  Page 465



466 FLYNN’S PARASITES OF LABORATORY ANIMALS

Public Health Considerations. Taenia serialis causes
rare cases of human coenurosis93, but there is no risk of
transmission from rabbits.

Other Taeniid Cestodes

Taenia polyacantha has been reported from rabbits and
rodents in Europe and Alaska. Foxes are the definitive
host94. In North America, hares (Lepus americanus) serve as
intermediate hosts of Taenia macrocystis, whose definitive
host is the lynx95. South American wild rabbits and hares
have been reported as intermediate hosts of Echinococcus
spp.96,97.

NEMATODES

Superfamily Rhabditoidea

Strongyloides papillosus

Morphology. Strongyloides spp. are characterized by hav-
ing both parasitic and free-living saprophytic forms. The
esophagus of the free-living form is rhabditiform, with a
distal bulb and valve, whereas that of the parasitic form has
a long, cylindrical, filariform esophagus. Parasitic females
of Strongyloides papillosus are 3.5 mm to 6 mm in length
and 50 µ to 60 µ in diameter. Eggs are embryonated when
passed from the host and measure 40 µ to 60 µ long by 20
µ to 25 µ in diameter.

Hosts and Life Cycle. Strongyloides papillosus primar-
ily infects ruminants111, but it also has been reported in
European rabbits and hares99. Lagomorphs become
infected upon ingestion of embryonated eggs or by larval
skin penetration. Following hematogenous dissemination
and pulmonary migration, adult parasitic females of
Strongyloides sp. inhabit the small intestinal crypts and are
parthenogenetic. Rabbits may also be infected experimen-
tally with S. papillosus100.

Pathologic Effects and Clinical Disease. Little
information is available concerning pathologic effects in
rabbits. Clinical disease in naturally infected wild rabbits
and hares has not been reported98,99. Experimental infec-
tions can result in wasting and death100,101.

Diagnosis, Treatment, and Prevention. Clinical
diagnosis is by identification of eggs in fecal samples.
Necropsy diagnosis usually is made by histopathologic
examination, but adults also can be identified in mucosal
scrapings. Treatment of rabbits is not reported. Control is
by preventing contact with contaminated soil or feces of
infected hosts.

Public Health Considerations. Strongyloides papillo-
sus is not known to infect humans.

Superfamily Ascaridoidea

Baylisascaris procyonis

Morphology. The morphology of Baylisascaris procyonis is
presented in Chapter 14, Parasites of Guinea Pigs. Further,
Chitwood and Lichtenfels describe identification of
ascarid larvae in sections102. Characteristic features include
cervical or lateral alae, lateral chords, coelomyarian muscu-
lature, and paired lateral excretory gland cells.

Hosts and Life Cycle. Baylisascaris procyonis, of
which the definitive host is the raccoon, has occasionally
caused disease in domestic rabbits103. The life cycle of B.
procyonis is presented in Chapter 14, Parasites of Guinea
Pigs. Briefly, adult worms inhabit the small intestine of the
raccoon definitive host. Environmentally resistant eggs
become infective about 30 days after being passed in the
feces. Rabbits become infected by ingesting infective eggs.
The larvae leave the intestine and migrate extensively in
the host’s organs and tissues, including the central nervous
system.

Pathologic Effects and Clinical Disease. Central
nervous system lesions are characterized by necrosis, hem-
orrhage, and a mixed inflammatory response of lympho-
cytes and polymorphonuclear cells. Larvae can be evident
in or near such lesions (Figure 15.16). Older lesions can be
accompanied by gliosis and macrophages that contain
hemosiderin. Multifocal granulomatous inflammation

Fig. 15.16 Baylisascaris sp. larvae in the brain of a rabbit. Hema-
toxylin and eosin stain. Courtesy of J.E. Harkness, Mississippi State
University.
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occurs in affected visceral organs. Clinical signs are chiefly
neurological, and include torticollis, ataxia, and circling73.
The clinical course can be prolonged, with progressively
increasing severity.

Diagnosis. Demonstration in tissue sections of
nematodes with the characteristics of ascarid larvae102 is
sufficient for a presumptive diagnosis, although the larvae
are not numerous in the brain and can be difficult to find.
Distinctive characteristics are described for larvae of some
ascarids in tissue sections104, but for definitive determina-
tion of species, larvae should be examined by a qualified
parasitologist. Specimens can be recovered from fresh
tissues of affected animals using the Baermann method.

Treatment and Prevention. Treatment with 100
mg/kg mebendazole for three days is reported to be effec-
tive against migrating larvae105. Prevention is by hus-
bandry that eliminates fecal contamination of feed,
bedding, and cages by definitive hosts.

Public Health Considerations. Human larva
migrans caused by B. procyonis appears to be very rare106.
There is no risk to humans exposed to infected rabbits.

Superfamily Oxyuroidea

Passalurus ambiguus

Morphology. Adult male Passalurus ambiguus have a single
spicule and are 3.8 mm to 5 mm long and 200 µ to 460 µ
in diameter, whereas adult females are 5.3 mm to 11 mm
long by 410 µ to 590 µ in diameter and have about 40
cuticular striations of the tail. Eggs are elongated, 93 µ to
105 µ long and 43 µ wide, and are flattened on one side
(Figure 15.17).

Hosts. Passalurus ambiguus is the common pinworm
of lagomorphs73. It infects domestic and wild rabbits and
hares, and its distribution is worldwide. It was once com-
mon in laboratory rabbits, but modern husbandry prac-
tices and use of specific pathogen-free rabbits have greatly
reduced its occurrence. Nonetheless, it still is encountered
occasionally.

Life Cycle. Passalurus ambiguus has a direct life cycle.
Adults inhabiting the cecum and colon produce embry-
onated eggs, which are infective when passed. Ingestion of
infective eggs results in infection of new hosts. Young
developing worms can be found in association with the
mucosa of the small intestine and cecum.

Pathologic Effects and Clinical Disease. Fujiwara
and co-workers107 reported granulomatous appendicitis
and lymphadenitis in which P. ambiguus larvae and

unidentified intracellular bacteria were found, but the role
of the larvae in development of the lesions was unclear. No
disease attributable to P. ambiguus has been reported, even
though thousands of the nematodes can be present73. One
report describes loss of condition and poor reproduction,
which were improved by treatment, in rabbits infected
with both P. ambiguus and Obeliscoides cuniculi108.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration of eggs in the feces or adults in the cecal
and colonic contents. Juvenile worms can sometimes be
found by histologic examination (Figure 15.18). Adult
worms may be passed in the feces.

Recommended treatments include piperazine citrate
at 1 g/L in the drinking water for one day; piperazine adi-
pate for two days at 0.5 g/kg body weight/day for adults
and 0.75 g/kg/day for young rabbits; phenothiazine at 1
g/50 g feed; fenbendazole at 50 ppm in the feed for five
days; fenbendazole at 10 to 20 mg/kg orally, repeated in 14
days; and a single dose of thiabendazole at 400 mg/kg
body weight38,109. Richardson109 recommends ivermectin
at 0.4 mg/kg, but Sovell and Holmes110 report that iver-
mectin is poorly effective in treating P. ambiguus infection
in snowshoe hares.

P. ambiguus is highly transmissible, inasmuch as the
eggs are infective when passed from the host. Control is
best accomplished by strict husbandry practices to prevent
introduction of the parasite into the colony.
Eliminating established infections requires treating the
entire colony to eliminate egg-laying adult worms, com-
bined with extremely thorough decontamination of the
environment.

Public Health Considerations. Passalurus ambiguus
does not infect humans.

Fig. 15.17 Passalurus ambiguus ova. Courtesy of J.E. Harkness, Mis-
sissippi State University.
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Other Oxyurids of Rabbits

Passalurus nonannulatus is morphologically similar to P.
ambiguus and is found in wild North American lago-
morphs73. Dermatoxys veligera also occurs in wild North
American rabbits in the United States, and has been
reported in domestic rabbits73. Adults inhabit the cecum.
Females are 16 mm to 17 mm in length and 600 µ in
diameter, and males are 8 mm to 11 mm long and 435 µ in
diameter111. Spicules of the males measure 85 µ long, and
the vulva of females is located 7 mm from the proximal
end. Eggs are 50 µ by 110 µ, with one side somewhat flat-
tened. Adults do not attach to the mucosa, but fourth stage
larvae attach via hooks to the mucosa of the cecum, some-
times with formation of small ulcers. Dermatoxys his-
paniensis has been reported in wild rabbits in Spain and the
Spanish islands of Macaronesia82. Dermatoxys vlakhaasi
occurs in scrub hares in South Africa84.

Superfamily Trichostrongyloidea

Graphidium strigosum

Morphology. Adult male worms are 8 mm to 16 mm long
and females 11 mm to 20 mm long111. Both are red and
have fine longitudinal and transverse striations. Males have
a prominent bursa and spicules that are 1.1 mm to 2.4 mm
long. In females the vulva is located 1.1 mm to 3.3 mm
from the end of the tail. Eggs measure 98 µ to 106 µ by
50 µ to 58 µ.

Hosts. Graphidium strigosum parasitizes domestic
rabbits and wild lagomorphs in North America, Europe,
Australia, and Macaronesia73,80,82. It is common in wild
rabbits and hares, and is occasionally found in domestic

rabbits where husbandry practices are poor and permit
exposure to feces of wild lagomorphs. It has not been
reported in contemporary laboratory rabbits.

Life Cycle. Adults inhabit the stomach73. Eggs passed
in the feces hatch and develop into infective third-stage
larvae in four to six days. Transmission is by ingestion of
infective larvae. The prepatent period is five weeks. The life
span of adults is about six months.

Pathologic Effects and Clinical Disease. Infection is
often subclinical. Severe infections can be associated with
hemorrhagic or chronic catarrhal gastritis, anemia, weight
loss, and, possibly, death73,111.

Diagnosis, Treatment, and Prevention. Clinical
diagnosis is by demonstration of eggs in fecal samples. Post-
mortem diagnosis is by identification of worms in scrapings
of the gastric mucosa. Little information regarding treat-
ment is available. Richardson109 recommends oral treat-
ment with fenbendazole at 10 to 20 mg/kg body weight or
subcutaneous injection of ivermectin at 0.4 mg/kg body
weight. Because larvae require several days to become infec-
tive, husbandry practices that include frequent and thor-
ough sanitation and that prevent exposure to feces of wild
lagomorphs are effective preventive measures.

Public Health Considerations. Graphidium strigo-
sum is not known to infect humans.

Longistriata noviberiae

Longistriata noviberiae occurs in cottontail rabbits in the
United States36,73 and has been found in domestic rabbits
in North Carolina112. It inhabits the small intestine. Adults
are coiled and have transverse striations. The proximal end
is slightly larger in diameter than the rest of the body.
Males have a bursa and slender spicules 420 µ to 430 µ
long. Males are 4 mm to 5 mm long and 55 mm to 65 mm
in diameter; females are 5.5 mm to 6.5 mm long and 70
mm to 75 mm in diameter. Eggs measure 70 µ to 75 µ by
35 µ to 40 µ. The life cycle has not been described.

Nematodirus spp.

Nematodirus leporis, N. neomexicanus, N. arizonensis, and
N. triangularis are reported from wild lagomorphs73,113.
Among these, N. leporis is reported from O. cuniculus.
Males measure 8 mm to 13 mm in length and have
spicules 650 µ to 1,000 µ long. The bursa has rounded
lobes and parallel posterolateral and mediolateral rays.
Females are 16 mm to 20 mm in length. Eggs are oval and
large, measuring 160 µ to 180 µ by 80 µ to 90 µ. Nema-
todirus zembrae occurs in rabbits in Spain114.

Fig. 15.18 Passalurus ambiguus larvae, cecum. Hematoxylin and eosin
stain.
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Obeliscoides cuniculi

Morphology. Adult male Obeliscoides cuniculi measure 10
mm to 15 mm in length and 230 µ in diameter, and have
paired spicules and a copulatory bursa (Figure 15.19).
Females are 15 mm to 18 mm in length and average 546 µ
in diameter, with the vulva located in the posterior seg-
ment of the body. Eggs are oval, thin-shelled, and measure
75 µ to 91 µ by 42 µ to 53 µ (Figure 15.20).

Hosts. Measures and Anderson115 consider that
Obeliscoides cuniculi comprises the subspecies O. cuniculi
cuniculi that occurs in hares and O. cuniculi multistriatus
that is found in cottontail rabbits. Domestic rabbits are
susceptible to experimental infection with both
subspecies115. Obeliscoides cuniculi is distributed world-
wide36,73,113. There is one report of infection in a labora-
tory rabbit116. Guinea pigs can be infected experimentally.
In laboratory settings, O. cuniculi is of little importance as
a naturally occurring parasite.

Life Cycle. Adult worms inhabit the mucus adherent
to the gastric mucosa73,111 (Figure 15.21). Development of
infective third-stage larvae after eggs are passed from the
host requires about one week. Larvae ingested by suscepti-
ble hosts invade the gastric mucosa within about one day,
develop to the fourth stage within three days, and undergo
the final molt when they emerge from the mucosa. Adults
can develop as early as 10 days after ingestion of larvae,
and the prepatent period is 16 to 20 days. Some larvae can
remain in arrested development in the mucosa and emerge
later as previously emerged adults die.

Pathologic Effects. Gross lesions in the stomach con-
sist of a thickened mucosa with a finely nodular or “cob-
blestone” surface, increased amounts of mucus, and, in

some cases, petechiae. The mucosal thickening is the result
of larval invasion of the mucosa, which induces epithelial
hyperplasia of the gastric mucosal glands and a mixed
inflammatory cell infiltrate in which lymphocytes and
eosinophils predominate.

Clinical Disease. Most infections are
subclinical73,111. Disease associated with natural infections
is rare, but can result in diarrhea, anemia, and weight loss.
Experimental infection with large numbers of larvae can
induce similar signs, although they are transient and
resolve within two weeks after inoculation.

Diagnosis. Clinical diagnosis is by demonstration of
eggs in fecal samples. At necropsy, adult worms can be
identified in scrapings of the mucus adherent to the gastric
mucosa.

Treatment and Prevention. Information concerning
efficacy of anthelminthic treatments is sparse73. Fenbenda-
zole administered in the feed for five days at 50 ppm was
reported to be effective117. Thiabendazole was only partially
effective when given as a single dose of 250 mg/kg body
weight117, whereas dosing every four hours at 110 mg/kg
body weight for the first dose and 70 mg/kg for eight addi-
tional doses was highly effective118. Prevention is by hus-
bandry practices that prevent ingestion of infective larvae.

Public Health Considerations. Obeliscoides cuniculi
does not infect humans.

Trichostrongylus affinis

Trichostrongylus affinis has been reported in cottontail rab-
bits and jackrabbits in the United States36,73. It inhabits the
small intestine. Males measure 5 mm to 7.5 mm in length
and 123 µ in average diameter, and have spicules measuring

Fig. 15.19 Bursa of male Obeliscoides cuniculi. Courtesy of L. Measures, Maurice Lamontagne Institute, Quebec, Canada.
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131µ to 156 µ in length and 29 µ in width. Females
measure 8.7 mm to 9.2 mm in length and 106 µ to 177 µ
in diameter. The vulva is located 1.6 mm to 1.7 mm from
the end of the tail. Eggs are 57 µ to 66 µ by 33 µ to 40 µ.
Eggs hatch and develop into infective larvae after
exiting the host in feces. Transmission is by ingestion of

infective larvae. The prepatent period is 10 to 11 days.
Experimental infection with large numbers of larvae can
result in weight loss.

Trichostrongylus calcaratus

Trichostrongylus calcaratus is common in wild cottontail
rabbits and jackrabbits in the United States36,73,87. Adults
inhabit the small intestine. Eggs passed in the feces develop
into infective larvae in 16 to 18 days. Transmission is by
ingestion of infective larvae. Natural infections often are
subclinical, although large numbers of worms can be pres-
ent. Severe experimental infections can be fatal.

Trichostrongylus ransomi

Trichostrongylus ransomi has been reported from cottontail
rabbits in Louisiana, but appears to be uncommon73.
Adults inhabit the small intestine. Males are 2.25 mm to
3 mm in length, and females are 3 mm to 3.5 mm. Eggs
are 60 µ to 70 µ by 30 µ to 36 µ.

Trichostrongylus retortaeformis

Trichostrongylus retortaeformis is common in wild rabbits
and hares in Europe and Australia81,119–121, but has not
been reported from North American lagomorphs. Adults
inhabit the small intestine and rarely, the stomach. The
cuticle has transverse and longitudinal grooves. Males
measure 6.8 mm to 8.4 mm in length and 127 µ to 160 µ
in diameter. The spicules are 145 µ and 172 µ long.
Females are 9.6 mm to 10.4 mm in length and 104 µ
to 112 µ in diameter. Eggs measure 86 µ to 87 µ by 41 µ
to 46 µ.

The life cycle is direct, and typical of the superfam-
ily122. Infective larvae exsheathed and were found in the
small intestine within 12 hours after inoculation. The
larvae underwent the third molt three to five days after
inoculation and the final molt four to seven days after
inoculation. The prepatent period was 12 to 13 days and
the patent period 5.5 months. Some larvae invaded the
small intestinal villi123. Infection has been associated
with reduced populations of wild rabbits in Australia.
Barker and Ford124 described atrophic enteritis in infected
rabbits.

Trichostrongylus spp.

Trichostrongylus colubriformis primarily parasitizes rumi-
nants, but it has been reported in wild lagomorphs73. Tri-
chostrongylus axei has been reported from mountain hares
in Scotland81. The life cycle in experimental infection of

Fig. 15.20 Obeliscoides cuniculi eggs, fresh (above), larvated (below).
Courtesy of L. Measures, Maurice Lamontagne Institute, Quebec,
Canada.

Fig. 15.21 Obeliscoides cuniculi adults in the stomach of a snowshoe
hare (Lepus americanus). Courtesy of L. Measures, Maurice Lamontagne
Institute, Quebec, Canada.
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domestic rabbits has been described125. Trichostrongylus
deflexu, T. falculatus, and T. thomasi have been reported in
South African scrub hares84.

Superfamily Metastrongyloidea

Protostrongylus boughtoni

Morphology. Adult male Protostrongylus boughtoni mea-
sure 13 mm to 26 mm in length and 160 µ to 250 µ in
diameter, have 260-µ to 320-µ spicules, and have a bursa73.
Females measure 21 mm to 36 mm long and 200 µ to 300
µ in diameter, and the vulva is located about 200 µ from
the distal end. The eggs are thin-shelled, elliptical, and 50
µ to 70 µ by 40 µ to 60 µ.

Hosts and Life Cycle. Protostrongylus boughtoni
occurs in wild rabbits and hares in North America, espe-
cially the more northern areas of the continent73. Infection
of domestic rabbits has not been reported. Adult worms
inhabit the bronchi73. Eggs hatch into first-stage larvae
while still in the airways. The larvae leave the host in the
feces after being coughed up and swallowed. In the first
stage, the larvae migrate into land snails, such as Vallonia
pulchella, and develop into infective third-stage larvae.
Although the larvae can leave the snail and establish infec-
tion after ingestion, most infections probably result from
ingestion of the snail intermediate host.

Pathologic Effects and Clinical Disease. Gross
lesions are small, discrete, firm nodules in the lungs.
Microscopic changes are those of chronic bronchitis126.
Lesions are reported to be more severe in cottontail rabbits
than in hares127. Clinical signs of disease have not been suf-
ficiently described.

Diagnosis, Treatment, and Prevention. Larvae can
be isolated from feces using the Baermann procedure as
described in Chapter 1, Collection, Preservation, and
Diagnostic Methods. Ivermectin is reported to be only
partially effective in clearing infection from snowshoe
hares110. Prevention is by husbandry practices that prevent
exposure to infected intermediate hosts.

Public Health Considerations. Protostrongylus
boughtoni is not known to infect humans.

Protostrongylus spp.

Protostrongylus pulmonalis occurs in European hares37,128.
Lesions are similar to those caused by P. boughtoni, with
grossly evident pulmonary nodules characterized histologi-
cally by bronchiolitis, alveolitis, interstitial pneumonia,
and intra-alveolar collections of larvae and eggs128. Such

changes are also reported in European hares infected with
P. commutatus129.

Superfamily Spiruroidea

Gongylonema pulchrum

Morphology. Typical of the genus, Gongylonema pul-
chrum has distinctive round or oval cuticular thickenings,
prominent cervical alae, small lips, and a short pharynx111.
The tail of the male is asymmetrical. The right spicule is 84 µ
to 180 µ long; the left, 4 µ to 23 µ long. Males measure up
to 62 mm in length, and females can be up to 145 mm.

Hosts and Life Cycle. Gongylonema pulchrum occurs
chiefly in sheep, goats, cattle, and pigs, but also has been
reported from a variety of other species, including cotton-
tail rabbits79. It has not been reported in domestic rabbits,
but they are susceptible to experimental infection130. Adult
worms reside in the esophageal mucosa111. Eggs passed in
the feces are ingested by coprophagous beetles and develop
into infective larvae in about 30 days. Definitive hosts are
infected by ingestion of infected beetles. Cockroaches also
can serve as intermediate hosts.

Pathologic Effects and Clinical Disease. Neither
lesions nor clinical disease have been reported in rabbits
infected with G. pulchrum.

Diagnosis, Treatment, and Prevention. Because
G. pulchrum is considered nonpathogenic, diagnosis and
treatment are usually not pursued. The worms are readily
identified at necropsy by careful inspection of the
esophageal mucosa, in which they are embedded in a char-
acteristic serpentine pattern. Control is by preventing
ingestion of beetle intermediate hosts.

Public Health Considerations. Human infection
with G. pulchrum, in which the worm or larvae usually are
found in the oral mucosa or subcutis, rarely occurs131, but
there is no evidence that such infections have been
acquired from rabbits.

Superfamily Filarioidea

Brugia lepori

Brugia lepori has been reported from cottontail rabbits in
Louisiana132. Adults occurred in the subcutis and abdominal
lymphatic vessels. Males measured 11.7 mm to 18.6 mm
long and 64 µ to 80 µ thick. Females measured 38.5 mm to
45.5 mm long by 125 µ to 134 µ wide. The microfilariae
were sheathed and measured 275 µ to 330 µ long by 5 µ to
7 µ132. Circulating microfilariae of Brugia sp. were found in
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more than 60% of cottontail rabbits on Nantucket
Island133. No manifestations of disease in rabbits were
reported, and the life cycle has not been determined. Several
cases of human Brugia sp. infection have been reported134,
but it is not known if any of these were of rabbit origin.

Dirofilaria scapiceps

Morphology. Adult Dirofilaria scapiceps (Syn. Pelecitus scapi-
ceps) have a pre-esophageal cuticular ring and lateral alae, are
spirally coiled, and have strongly tapered ends. Females aver-
age 28 mm long and 700 µ wide, with the vulva located
about 1.5 mm from the anterior end of the worm. Males
average 12.6 mm long and 431 µ wide, and have a right
spicule that is 112 µ long and a left spicule that is 82 µ long.

Hosts. Dirofilaria scapiceps occurs in North America,
in domestic and cottontail rabbits and hares73. Infection
can be common among outdoor housed domestic rabbits.

Life Cycle. Adults inhabit the tendon sheaths of the
hock joint, and less frequently, the fascia around the stifle
joint73. Microfilariae circulate in the blood, but circadian
periodicity is not evident. Intermediate hosts are mosquitoes
of several species, in which ingested microfilariae develop to
the third larval stage. New hosts become infected when fed
upon by mosquitoes carrying infective larvae. Larvae first
migrate to the subcutis, frequently that of the trunk, mature
to the fifth stage, and then migrate to the area of hock joint
and develop into adults. Prepatency is 137 to 234 days.

Pathologic Effects and Clinical Disease. Infection is
usually subclinical, but can be associated with chronic
tenosynovitis135.

Diagnosis, Treatment, and Prevention. Infection
can be detected by identifying microfilariae in the blood or
adults in the tissues of the hock joint73. Treatment has not
been reported. Prevention is by husbandry that excludes
mosquitoes.

Public Health Considerations. Dirofilaria scapiceps
is not known to infect humans.

Dirofilaria uniformis

Dirofilaria uniformis occurs in wild rabbits in the southern
and southeastern United States73. It inhabits the subcutis of
the trunk and is morphologically similar to D. scapiceps.
Thus, it must be differentiated from immature D. scapiceps in
that location. Adults are distinguished from D. scapiceps by
the lack of a cuticular ring and lateral alae, and by having less
tapered extremities. Females average 30 mm long by 496 µ in
diameter, and males average 16 mm long by 347 µ in diame-
ter. The spicules of males are 131 µ and 94 µ in length.

Superfamily Trichuroidea

Trichuris spp.

Morphology. Trichuris leporis and Trichuris sylvilagi are
morphologically similar, and at times have been con-
fused73. For both species, adult males measure 19 mm to
21 mm long while females measure 17.4 mm to 20.9 mm
long. Ova measure 60 µ to 65 µ by 29 µ and have typical
bipolar plugs. According to Tiner136, T. leporis males have a
spicule 1.6 mm to 3.2 mm long, whereas the spicule of T.
sylvilagi is 6 mm to 8 mm in length. Kutzer, however, con-
siders that Tiner’s description of T. sylvilagi actually refers
to T. lepori, and that Tiner’s description of T. lepori refers to
neither T. lepori nor T. sylvilagi but to another species137.

Hosts. Trichuris leporis and T. sylvilagi have been
reported in wild lagomorphs in Europe and the United
States82,87,113.

Life Cycle. Although not described in detail, the life
cycle is direct73. Adults inhabit the cecum and large intes-
tine, with the anterior end inserted into the mucosa. Eggs
passed in the feces embryonate after roughly three weeks in
the environment111. Transmission is by ingestion of infec-
tive embryonated eggs. The larvae penetrate the mucosa of
the small intestine, and after two to 10 days migrate to the
cecum and colon, where they mature.

Pathologic Effects and Clinical Disease. Lesions
have not been described. Prevalence and intensity of T. lep-
oris infection have been related to decreased body weight
in snowshoe hares113.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration of trichurid eggs in fecal samples, or by
finding adult worms at necropsy. Little information is
available regarding treatment. Ivermectin is reportedly
ineffective in snowshoe hares110. Control is by sanitary
measures to prevent ingestion of infectious eggs from the
feces of wild lagomorphs.

Public Health Considerations. Trichurids of lago-
morphs are not known to infect humans.

ARTHROPODS

Class Insecta

Order Diptera

Family Cuterebridae
Botflies or warble flies, including Cuterebra abdominalis
(Syn. Cuterebra horripilum), C. buccata, C. cuniculi, C. jel-
lisoni, C. lepivora, C. lepusculi, and C. ruficrus, commonly
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bits, United States), H. lyriocephalus (wild hares, Europe),
and H. africanus (wild hares, Africa) 78,87,140–142.

Haemodipsus ventricosus is widely distributed, occur-
ring in the United States, Europe, Australia, New Zealand,
and Africa143. It has a dorsoventrally flattened body with a
pear- or teardrop-shaped outline, and is eyeless (Figure
15.23). Adults measure 1.2 mm to 2.5 mm long111. The
first pair of legs has slender claws, but those of the second
and third pairs are more robust.

Haemodipsus ventricosus parasitizes domestic rabbits
and can be found anywhere on the body143. Light infesta-
tions can be manifested only by the presence of lice,
nymphs, and eggs (or nits), which are attached to hairs
near the base. Eggs are oval, 0.5 mm to 0.7 mm long, and
have an operculum. Nymphs are morphologically similar
to adults.

Heavy infestations can result in anemia, hair loss, and
pruritic dermatitis on the dorsal and lateral parts of the
body. Nymphal and adult lice suck blood. Transmission
occurs only under conditions of prolonged close contact,
such as from does to their litters.

Louse infestation among laboratory rabbits is
extremely unlikely. Should treatment be required, lice are

parasitize wild lagomorphs in North America36,73,138.
These are large flies with bee-like bodies about 20 mm
long111. Females lay eggs near the entrance to the host’s
nest. Depending on the species, the larvae penetrate the
skin directly, invade wounds, or enter natural body open-
ings73. In some cases the larvae migrate via the trachea and
body cavities to the subcutis, where they form painful cysts
with a fistula through the skin. Cysts are 2 cm to 3 cm in
diameter, and the overlying fur is moist with fluid oozing
from the fistula.

Larvae are up to 25 mm long (Figure 15.22). Some
species preferentially locate in specific areas of the body.
Cysts in aberrant locations, such as the eye, occur occa-
sionally. Larvae leave the host to pupate, leaving an open
cyst that soon heals with scarring unless secondarily
infected. One or a few cysts usually do not cause signifi-
cant illness, but if they are numerous the host can become
debilitated and possibly die.

Control is by preventing access of female flies to rab-
bit hosts. If necessary, larvae can be removed via minor sur-
gery and topical treatment of the wound. Cuterebra spp.
occasionally infest other host species, including humans,
and may localize in aberrant locations such as the eye, tra-
chea, and brain139.

Order Phthiraptera

Haemodipsus spp.
Lice are uncommonly found infesting rabbits and hares.
All of those known to parasitize lagomorphs are sucking
lice (suborder Anoplura), which are distinguished by nar-
row heads and sturdy claws adapted for grasping hairs.
Haemodipsus ventricosus (family Hoplopleuridae) is the
most commonly reported rabbit louse. Other members of
the genus affecting lagomorphs include H. setoni (wild rab-

Fig. 15.22 Cuterebra sp. larva. Reproduced from Hofing, G.L. and
Kraus, A.L. (1994) with permission.

Fig. 15.23 Haemodipsus ventricosus female, ventral view. Courtesy of
K.C. Kim, Pennsylvania State University.
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susceptible to various topical treatments, including
organophosphates and pyrethrins. Such treatments should
be repeated at least once after 10 days to assure elimination
of newly hatched nymphs. Ivermectin also should be effec-
tive at doses used for other ectoparasites. As a bloodsucker,
H. ventricosus is a potential vector of infectious agents
among rabbits. It is not known to bite humans.

Order Siphonaptera

Spilopsyllus cuniculi
Morphology. Adults of Spilopsyllus cuniculi, the European
rabbit flea, are about 1 mm in length and have both genal
and pronotal combs (Figure 15.24).

Hosts. Spilopsyllus cuniculi is an important vector of
myxomatosis, and was introduced deliberately in Australia
in an unsuccessful attempt to control populations of wild
rabbits73. Spilopsyllus cuniculi occurs on wild rabbits and
hares and on domestic rabbits in Europe and Aus-
tralia73,144,145. It is not found in the United States.

Life Cycle. The reproductive cycle of S. cuniculi is
synchronized with that of the host so that production of a
new generation of fleas coincides with availability of new
hosts. The ova of the flea mature only after the female feeds
on a pregnant doe late in gestation143. Male and female
fleas leave the doe to mate after parturition, and the
females deposit their eggs in the nest. The environment of
the nest protects the larvae from drying and allows them to
obtain the blood-rich feces of adult fleas, which the larvae
require. The warmth of the nest also allows the larvae to
develop, pupate, and mature in as little as three weeks.
Adult fleas preferentially feed on the top of the head and
neck, and around the ears. Because of the stringent
requirements of its life cycle, it is not likely to be found on
laboratory rabbits.

Pathologic Effects and Clinical Disease. The bite of
S. cuniculi is irritating, but usually does not result in
lesions or clinical signs.

Diagnosis, Treatment, and Prevention. The diagno-
sis is made by identification of fleas collected from the
host. Obtaining specimens can require some diligence,
because there may be only a few fleas actually present on
the host. Brushing or combing the rabbit over a light col-
ored surface can help obtain specimens or identify feces.
Rabbits that have died or been sacrificed recently enough
to have maintained body temperature can be placed in
bags to trap fleas that leave the body as it cools. Control in
laboratory settings is accomplished by obtaining research
rabbits from sources that preclude exposure to natural
environments in which the flea can complete its life cycle.
If wild rabbits are used in research, they should be quaran-
tined, inspected, and, if necessary, treated. Treatments used
for dog and cat fleas should be effective.

Public Health Considerations. Fleas serve as vectors
to facilitate maintenance of reservoirs of infectious agents
such as Trypanosoma nabiasi, and the etiologic agents of
zoonotic diseases, including tularemia, plague, and Rocky
Mountain spotted fever. However, rabbit fleas rarely bite
humans, and the risk of transmission of zoonoses from
rabbits to humans via flea bites is low73.

Other fleas of rabbits
Numerous other species of fleas have been reported from
lagomorphs, but only a few feed on domestic rabbits143.
Cediopsylla simplex, the common eastern rabbit flea (Figure
15.25), and Odontopsyllus multispinosus, the giant eastern

Fig. 15.24 Head of Spilopsyllus cuniculi. Courtesy of R.E. Lewis, Iowa
State University.

Fig. 15.25 Cediopsylla simplex male. Courtesy of J.E. Harkness, Mis-
sissippi State University.
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rabbit flea (Figure 15.26), are among the most common
fleas affecting domestic rabbits in the United States,
although both are primarily parasites of wild rabbits.
Cediopsylla simplex is the more common of the two species,
is morphologically similar to Spilopsyllus cuniculi, and
occurs in a similar distribution on the host. Its life cycle
also is similar to that of S. cuniculi, in that it is synchro-
nized with the reproductive cycle of the host.

Other species of fleas that occur on wild rabbits of the
United States include C. inequalis, O. dentatus, Hoplopsyllus
glacialis affinis, and Meringis spp. Fleas of other hosts that
occasionally are found on rabbits include Echidnophaga galli-
nacea, Ctenocephalides canis, and Ctenocephalides felis.
Echidnophaga myremecobii, the Australian sticktight flea, is
common among wild rabbits in Australia. Hystrichopsylla tal-
pae, Caenopsylla laptevi, Xenopsylla cunicularis, Echidnophaga
iberica, and Pulex irritans have been reported from European
rabbits145–147.

Class Arachnida

Ticks

Adult or immature stages of many species of both hard and
soft ticks parasitize wild lagomorphs, including O. cuni-
culi143. Their chief importance is as vectors of zoonotic dis-
eases, such as Rocky Mountain spotted fever, tularemia, and
Lyme disease, though most ticks that feed on rabbits only
rarely bite humans. Domestic rabbits are only occasionally
affected by ticks, but laboratory rabbits are used in studies of
immunity to ticks and tick-transmitted zoonoses73.

Family Argasidae
Otobius lagophilus is the most common argasid tick
that affects rabbits and hares; it occurs primarily in the
Pacific Northwest143. Larvae and nymphs occur on the
host, usually on the face, whereas the adults inhabit nest-
ing areas and their surroundings. Other argasid ticks that
affect rabbits include O. megnini, Ornithodoros parkeri,
and Ornithodoros turicata.

Family Ixodidae
Haemaphysalis leporis-palustris Morphology. The body
of the ixodid tick Haemaphysalis leporis-palustris is small
and pear- or teardrop-shaped143(Figure 15.27). It lacks eyes
and is distinguished by its long hypostome, sharply angled
lateral protrusions at the base of the mouthparts, and
perianal grooves. Adult males are up to 2.2 mm long.
Unengorged adult females can be up to 2.6 mm in length,
whereas engorged females can measure as much as 1 cm.

Fig. 15.26 Odontopsyllus multispinosus male. Courtesy of J.E. Hark-
ness, Mississippi State University.

Fig. 15.27 Haemaphysalis leporis-palustris. (Above) Male. (Below)
Female. Courtesy of U.S. Department of Agriculture.
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Hosts. Haemaphysalis leporis-palustris is commonly
found on wild rabbits and hares throughout North Amer-
ica and elsewhere in the western hemisphere73,148. It occurs
only occasionally on domestic rabbits, and is rarely
encountered on laboratory rabbits. Immature stages also
feed on other small mammals and birds.

Life Cycle. Rabbits and hares can host all stages of H.
leporis-palustris, a three-host tick. Domestic rabbits are
unlikely to be affected unless husbandry conditions are
poor, inasmuch as each stage leaves the host after feeding
and undergoes a period of development on the ground.
Larvae and nymphs feed for four to 11 days and adult
females feed for 19 to 25 days111. Unfed nymphs can sur-
vive up to one year, and unfed females up to 1.5 years111.

Pathologic Effects and Clinical Disease. Haema-
physalis leporis-palustris usually attaches on the head, most
commonly the inner or outer surface of the ear or back of
the neck, but also under the chin and around the eyes and
nose73. It also can be found occasionally on other parts of
the body. Wild rabbits can be parasitized by such large
numbers of ticks that anemia, emaciation, and even death
can result.

Diagnosis, Treatment, and Prevention. The diagno-
sis is established by identification of the ticks. Treatment of
laboratory rabbits is unlikely to be required, but individual
ticks can be removed with care. If necessary, topical prod-
ucts such as sprays or dips should be effective. Control is
by husbandry measures to prevent exposure to wild lago-
morphs and birds and by controlling potentially infested
vegetation near rabbit housing.

Public Health Considerations. Although humans
are rarely bitten, H. leporis-palustris is a known vector
of Francisella tularensis, Rickettsia rickettsii (Rocky Moun-
tain spotted fever), Borrelia burgdorferi (Lyme disease),
the Colorado tick fever virus, and other human
pathogens73,149–152. Thus, personnel handling tick-infested
rabbits should follow procedures to prevent transmission
of such pathogens.
Other ixodid ticks of rabbits Ixodes dentatus and
Dermacentor parumapertus are common among wild
rabbits and hares143. Ixodes dentatus can harbor and
transmit B. burgdorferi and other agents152–154. Rickettsia
rickettsii has been recovered from D. parumapertus
collected from black-tailed jackrabbits in Texas155. Other
ixodid ticks infesting lagomorphs include Amblyomma
americana, A. cajennense, A. maculatum, Dermacentor
andersoni, D. occidentalis, D. variabilis, I. angustus, I.
muris, I. neotomae, I. ricinus californicus, I. sculptus,

I. spinepalpis, and Rhipicephalus sanguineus. Wild European
rabbits are reported to be natural hosts of Rhipicephalus
pusillus, an ixodid tick of the Mediterranean area that can
carry rickettsiae156. Additional tick species are reported in
wild lagomorphs of South Africa157.

Mites

Suborder Astigmata
Leporacarus gibbus Leporacarus gibbus (Syn.
Listrophorus gibbus) adult males average 440 µ long and
240 µ wide, and females, 560 µ by µ 31073. The bodies of
both males and females are oval, with a rounded dorsal
protrusion that extends slightly beyond the mouth parts
(Figure 15.28). The legs of the male are much longer in
relation to the body than those of the female, and extend
well beyond the body margin. Males also have prominent
adanal clasping organs.

Leporacarus gibbus has been reported from wild and
domestic rabbits in Europe, North America, Australia,
New Zealand, and elsewhere142,144,158,159. The mites cling
to hair shafts and feed on epithelial cells and sebaceous
secretions, and are most numerous on the back and
abdomen. All stages are present, and the life cycle is com-
pleted on the host. It is considered nonpathogenic. Speci-
mens can be obtained for diagnosis by plucking, brushing,
or combing. Infestation can be treated topically with a car-
bamate acaricide or with ivermectin by subcutaneous
injection at 400 µg/kg body weight weekly for three
weeks109,158. Leporacarus gibbus only rarely parasitizes
humans160.
Notoedres cati Notoedres cati mainly parasitizes cats, but
may also infest rabbits111. Disease is clinically and
pathologically indistinguishable from that caused by S.
scabiei, although it usually is less severe. Specific diagnosis
must be made by identification of mites in skin scrapings.
Notoedres cati is slightly smaller than S. scabiei, but the
major differentiating feature is the position of the anus,
which is dorsal in N. cati but terminal in S. scabiei. The
dorsal spines are smaller than those of S. scabiei. Treatment
and prevention are as for S. scabiei. Notoedres cati can
transiently infest humans161.
Psoroptes cuniculi Morphology. Psoroptes cuniculi (Syn.
Dermatodectes cuniculi, Psoroptes longirostris var. cuniculi, P.
communis var. cuniculi, P. equi var. cuniculi)73 is a large,
oval mite. Males measure 370 µ to 547 µ in length and 322
µ to 462 µ in width, and females measure 403 µ to 749 µ
in length and 351 µ to 499 µ in width73 (Figure 15.29)162.
The chelicerae are long and pointed and the anus is

34442 Ch 15 451-500.qxd  3/28/07  1:24 PM  Page 476



PARASITES OF RABBITS 477

terminal. The legs are long, with five free segments and
jointed pedicels. Both sexes have tarsal suckers on the first
and second pairs of limbs. Males also have suckers on the
third pair, whereas in females the third pair bears long setae
and the fourth pair has suckers. The pedicels of the suckers
are segmented. The posterior aspect of the idiosoma of
males is bilobed, and each lobe bears two long and three
short setae. That of females is striated and bears three pairs

of long setae, one lateral and two terminal. The female
genital opening is U-shaped and located between the
second pair of legs. The genitalia of males are heavily
sclerotized and located between the fourth pair of legs, and
a copulatory sucker is located on each side of the anus.

Fig. 15.28 Leporacarus (Listrophorus) gibbus. (Above) Male. (Below)
Female. Reproduced from Hofing, G.L. and Kraus, A.L. (1994) with
permission. Fig. 15.29 Psoroptes equi (morphologically indistinguishable from

Psoroptes cuniculi). (Above) Female. (Below) Male. Reproduced from
Baker, E.W., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) with permission.
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Hosts. Psoroptes cuniculi affects domestic rabbits
worldwide but is rare on wild lagomorphs73,111. It was once
common on laboratory rabbits, but improved husbandry
practices and use of specific pathogen-free rabbits have
greatly reduced its prevalence. The occurrence of mites of
similar appearance on ruminants and horses111,163 has con-
tributed to uncertainty regarding both host range and tax-
omony. Based on taxonomic convention and results of
molecular genetic analyses, P. cuniculi, P. cervinus, P. natal-
ensis, and P. ovis are considered to be synonymous with P.
equi164. However, single nucleotide polymorphisms in the
second internal transcribed spacer of ribosomal DNA, as
well as results of morphometric analysis of outer opistho-
somal setae lengths, indicate that P. cuniculi parasitizing
sheep and rabbits in the same area are distinct165.

Life Cycle. Psoroptes cuniculi is nonburrowing, and
primarily inhabits the inner surface of the pinnae and
occasionally other areas of the body73. The life cycle
requires about three weeks. All stages are found on the host
and feed on tissue fluids obtained by piercing the epider-
mis or that exude from the inflamed surface. Epidermis
and sebaceous secretions may also be ingested. Eggs hatch
about four days after being laid, and the resulting larvae
undergo two further immature stages of protonymph and
tritonymph. Adult males attach to female tritonymphs,
and copulation occurs after the female’s final molt. Trans-
mission is by direct contact. Mechanical transmission by
houseflies has been demonstrated experimentally. Mites
can survive off the host for up to three weeks at low tem-
perature and high humidity, but survival is much shorter at
low humidity and high temperature166.

Pathologic Effects. Psoroptes cuniculi induces chronic
proliferative dermatitis73 (Figure 15.30). A variably thick
accumulation of degenerated eosinophils, heterophils,
desquamated epithelium, debris, and mites overlies the
affected skin. The epidermis is hyperplastic and parakera-
totic, and the dermis and epidermis are infiltrated with
lymphocytes, eosinophils, and heterophils. Rabbits
develop specific immune responses to mite antigens, and
such responses are thought to be important in pathogene-
sis. Psoroptes cuniculi is reported to harbor Staphylococcus
aureus and other bacteria167. The role of such bacteria in
clinical disease is not known.

Clinical Disease. Otoacarisis (psoroptic mange,
psoroptic scabies, ear mange, ear canker) is a highly pru-
ritic condition caused by P. cuniculi73. Affected rabbits
shake their heads and scratch their ears, in some cases to
excoriation. In mild or early disease, the skin of the inner

surface of the pinnae is reddened and covered by a thin
layer of dry, light gray or tan crust. In advanced or severe
disease, the ears are swollen and painful and have a foul
odor. The crust becomes brown, flaky, and thicker, up to 2
cm thick in extreme cases (Figure 15.31), and the underly-
ing skin is raw, red, and moist. The crust is composed of
exuded tissue fluid, inflammatory cells, desquamated
epithelial cells, and mite feces. Mites of all stages are pres-
ent under and within the crust. Secondary bacterial infec-
tion can occur, and can lead to otitis externa or otitis
media. Occasionally, lesions develop in other locations,
such as the face, neck, legs, or trunk168.

Diagnosis. Diagnosis is by identification of the mites,
which are large and easily found. Psoroptes sp. may be dis-
tinguished from other mites of similar appearance, such as
Chorioptes sp., by the jointed pedicels of the tarsal suckers.

Treatment. Topical treatment with mineral oil, either
alone or containing an acaricide, was the standard treat-
ment for P. cuniculi infection in the past. The treatment of
choice is now ivermectin, administered by subcutaneous
injection. Dosages of 100 to 440 µg/kg body weight have
been reported to be effective, without observed adverse
effects, although dosages as high as 500 µg/kg may be
required109. The usual recommendation is to give a second
dose after seven to 18 days. Topical selamectin at 6 to 18
mg/kg body weight169 and orally administered injectable
1% moxidectin at 200 µg/kg given twice at an interval of
10 days170 also are reported to eliminate P. cuniculi. Iver-
mectin administered in the drinking water was effective in
treating clinically evident disease, but appeared not to

Fig. 15.30 Proliferative dermatitis caused by Psoroptes cuniculi. Sec-
tions of mites are present within layers of exudate and debris. Hema-
toxylin and eosin stain.
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eliminate the mites completely, because ear lesions reap-
peared after treatment was stopped171.

Prevention. In modern research settings, it is feasible
and highly effective to obtain rabbits free of P. cuniculi and
maintain them free of mites. If rabbits are obtained from
conventional sources, it is advisable to quarantine them
and treat them prophylactically with ivermectin.

Public Health Considerations. Psoroptes cuniculi is
not known to infest humans.
Sarcoptes scabiei Morphology. Adult female Sarcoptes
scabiei mites measure only 300 µ to 600 µ long by 250 µ to
400 µ wide. Adult males are smaller, and measure 200 µ to
240 µ long by 150 µ to 200 µ wide111 (Figure 15.32). The
legs are short, and the third and fourth pairs do not extend
to the body margin. The dorsal cuticle bears small
triangular scales and has fine, primarily transverse grooves.
The first and second pairs of legs of females and the first,
second, and fourth pairs in males bear suckers on pedicels.
The remaining limbs have terminal bristles. The anus is
terminal.

Hosts. Sarcoptes scabiei parasitizes nearly all mam-
malian hosts, including humans. A few cases of infestation
of domestic rabbits have been reported172. Sarcoptes scabiei
from different host species are considered by many authors
to be separate races, varieties, or species173. The validity of
such classifications is unclear, and even approaches using
molecular genetic analysis have been controversial174.

Life Cycle. The life cycle of S. scabiei was described
from human infestations, but the life cycle on other hosts
is presumed to be similar111. Adult females burrow into the
epidermis, where they lay eggs that hatch in three to five
days. The six-legged larvae develop into eight-legged
protonymphs, then deutonymphs. Some remain in the

epidermis, whereas others exit the epidermis, move about,
and either re-enter the epidermis or die. Mature males and
females develop in about 17 days. Fertilized females may
also move to new locations. All forms feed on epithelial
cells and tissue fluid. Transmission is by contact with
immature forms or fertilized females on the skin surface.
The mites are not resistant to ordinary environmental
conditions, and die within a few days if removed from the
host.

Pathologic Effects. Lesions caused by S. scabiei are
characterized microscopically by epidermal hyperplasia
with orthokeratotic and parakeratotic hyperkeratosis and
an overlying layer of keratinic and proteinaceous debris172

(Figure 15.33). Mites and mite tunnels are in the debris
and outer epidermal layers. The subjacent dermis contains
an inflammatory cell infiltrate composed chiefly of lym-
phocytes and eosinophils. A suppurative response may be
superimposed if there is secondary bacterial infection.

Clinical Disease. Signs of scabies infestation typically
are first evident on the muzzle, later appearing around the
eyes and on other areas of the face73 (Figure 15.34). Other
areas of the body can be affected, including the external
genitalia. Early lesions are characterized by partial alopecia,
hyperemia, and oozing of serous fluid. This progresses to a
yellow-white or gray-white crust of epidermal cells and
dried serum. The lesions are intensely pruritic, and the
resultant scratching and rubbing increase their severity, as

Fig. 15.31 Severe proliferative dermatitis caused by Psoroptes cuniculi.

Fig. 15.32 Sarcoptes scabiei female, dorsal view. Reproduced from
Baker, E.W., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) with permission.
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do the secondary bacterial infections that occur in some
cases. Severe disease can lead to debilitation and even
death. An immunologic hypersensitivity reaction to the
mites is thought to be the major pathogenetic mechanism
of the dermatitis and pruritus.

Diagnosis. The diagnosis is made by examination of
skin scrapings. Because these are burrowing mites, the
specimen must be collected by adequately deep scraping.
The position of the anus and the prominence of the dorsal
scales distinguish S. scabiei from Notoedres cati. Clearing
with potassium hydroxide solution may be required to
adequately visualize these features.

Treatment and Prevention. There are no published
studies evaluating treatment of sarcpotic mange in rabbits.
Richardson recommends two doses of ivermectin, one
week apart, at 400 µg/kg body weight by injection109.

Public Health Considerations. Humans can be
infested with S. scabiei mites from other hosts, especially
dogs, and can develop significant dermatitis as a result175,
but there are no reported cases of human infestation
acquired from rabbits.

Suborder Prostigmata
Cheyletiella parasitivorax Morphology. Adult Cheyletiella
parasitivorax possess large, curved palpal claws which impart
a distinctive appearance to this mite111 (Figure 15.35). There
is also a semicircular dorsal shield. The legs extend well
beyond the body margins and bear feathered bristles and
terminal tarsal combs. Adult males measure up to 320 µ long
and 160 µ wide, whereas females measure 350 µ to 500 µ
long and 200 µ wide.

Hosts. Cheyletiella parasitivorax parasitizes rabbits,
dogs, and cats. It occurs throughout the world and is com-
mon in domestic rabbits111,176,177. Infestation among labo-
ratory rabbits once was common, but probably is now rare.
Several additional species of Cheyletiella have been
described. Of these, C. johnsoni, C. ochotonae, and C. taka-
hasii are reported to parasitize rabbits178. However, little or
no information is available about infestation in rabbits
with species other than C. parasitivorax.

Life Cycle. Cheyletiella parasitivorax is nonburrowing
and inhabits the skin surface, where it feeds on tissue fluid.
The mites primarily occur in the area over the scapulae,
and eggs are attached to hair shafts 2 mm to 3 mm above
the skin surface111. All stages can be found on the same
host, and the life cycle is completed on the host. Transmis-
sion is by direct contact.

Pathologic Effects and Clinical Disease. In some
cases there is partial alopecia and a fine gray-white scale on
the skin surface, but the skin usually is not severely
inflamed and may not be pruritic. Microscopic changes,
when present, include mild epidermal hyperkeratosis and a
mixed dermal inflammatory cell infiltrate of neutrophils,
lymphocytes, plasma cells, and eosinophils. The area over
the scapulae is most commonly affected (Figure 15.36),
but other areas, including the face, also can be affected179.
Infection is often subclinical.

Diagnosis. Mites can be collected by scraping, hair
plucking, or use of a stiff brush. They are readily identified
by their distinctive morphology, although if there are few

Fig. 15.33 Sarcoptes scabiei dermatitis, with dermal inflammatory cell
accumulation, epidermal proliferation, and intradermal mites. Repro-
duced from Lin, S.L., Pinson, D.M., and Lindsey, J.R. (1984) with
permission.

Fig. 15.34 Sarcoptes scabiei dermatitis. Reproduced from Lin, S.L.,
Pinson, D.M., and Lindsey, J.R. (1984) with permission.
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mites in relation to the amount of epidermal debris, clear-
ing with potassium hydroxide solution may be needed.

Treatment and Prevention. Cheyletiella mites are sus-
ceptible to a variety of acaricides, including benzyl ben-
zoate, rotenone, pyrethrum, lindane, organophosphates,
and avermectins180. Richardson109 recommends ivermectin
administered subcutaneously at a dosage of 300 µg/kg to
400 µg/kg body weight, repeated twice at two-week
intervals.

Public Health Considerations. Cheyletiella mites
can temporarily infest humans, resulting in severe dermati-
tis181. Typically, few mites are present, complicating diag-
nostic efforts.
Demodex cuniculi The follicle mite Demodex cuniculi
occurs in rabbits109. It resembles Demodex canis
morphologically. It is considered a normal resident of the
skin, but there is one report of dermatitis attributed to
it182. If necessary, infestation can be treated topically with a
0.01% solution of amitraz or by weekly subcutaneous
injections of ivermectin at 500 µg/kg body weight until
the condition resolves109.
Trombiculids Mites of the family Trombiculidae
(chiggers, red bugs, harvest mites) are found throughout
the world. Only the larvae are parasitic. Adult mites are
free-living in soil. Larvae hatch from eggs and climb onto
plants, where they can survive up to 30 days awaiting a
host. Upon reaching a host, the larvae attach to the skin,
secrete saliva that digests a perforation in the epidermis
called a stylostome, and feed on tissue fluid via the
stylostome. Engorged larvae leave the host and undergo a
period of development in the soil, emerge as nymphs, and
feed on insects and insect eggs through the remainder of
the life cycle. Larvae are deep red to pale yellow. When
newly hatched, they are about 210 µ long and when
engorged, about 400 µ long.

Trombiculid mites occur on wild lagomorphs and on
domestic rabbits exposed to vegetation, but have not been
reported on rabbits maintained in modern laboratory set-
tings. The mites are not host specific, and several species
have been found on lagomorphs. Among the more com-
mon are Trombicula autumnalis, T. cavicola, T. irritans, and
T. microti. The saliva of the mites provokes a discrete focal

Fig. 15.35 Cheyletiella parasitivorax. (Above) Male. (Below) Female.
Reproduced from Hofing, G.L. and Kraus, A.L. (1994) with permission.

Fig. 15.36 Cheyletiella parasitivorax dermatitis over the scapulae.
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irritant reaction with swelling and pruritus. Areas most
commonly affected include the skin around the eyes and
ears, the perineum, and the feet. Humans are commonly
parasitized, acquiring the larvae from the environment in
the same fashion as rabbits. Some species of trombiculid
mites are reported to be capable of transmitting viral, rick-
ettsial, and bacterial agents of zoonotic diseases183.

Class Pentastomida

Linguatula serrata

Linguatula serrata occurs throughout the world. Many
species of mammals, including wild lagomorphs, serve as
intermediate hosts. Definitive hosts include canids, and in
rare cases, humans. The interested reader is directed to
Chapter 17, Parasites of Dogs, for information on the clin-
ical aspects of adult infestations. Adults inhabit the respira-
tory tract. Eggs expelled in respiratory secretions into the
environment are ingested by intermediate hosts. After
hatching, larvae migrate from the intestine to mesenteric
lymph nodes, undergo six to nine molts, and become
infective nymphs, which are curved, 4 mm to 6 mm long,
and located within small cysts (Figures 15.37 and 15.38).
Transmission to definitive hosts occurs by ingestion of vis-
cera containing nymphs. No clinical disease is evident in
infected rabbits. Nymphs are found incidentally at
necropsy.

Fig. 15.37 Linguatula serrata nymphs. Courtesy of A. Fain, Institut
de Médicine Tropicale Price Léopold.

Fig. 15.38 Linguatula serrata nymph. Note spinous body rings and
the two pairs of binate hooks. Courtesy of A. Fain, Institut de Médicine
Tropicale Price Léopold.
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TABLE 15.2 Parasites of Rabbits—Circulatory/Lymphatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Trypanosoma nabiasi Europe, Rabbits Blood Ingestion of flea None Not reported 185
Turkey vector or flea feces

Trypanosoma sp. US Rabbits Blood Unknown None Not reported 186

Coccidia

Hepatozoon Italy Rabbits Leucocytes, spleen Unknown Unknown Not reported 187
cuniculi

Nematodes

Filaroidea

Dirofilaria immitis Worldwide Laboratory rabbits, Pulmonary Bite of mosquito Thrombus Reported 194
dogs, other mammals vasculature intermediate host
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TABLE 15.3 Parasites of Rabbits—Enterohepatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Chilomastix cuniculi Worldwide Lagomorphs Cecum Ingestion of None Not reported 1
organism in feces

Enteromonas sp. Worldwide Lagomorphs Cecum Ingestion of None Not reported 1
organism in feces

Giardia duodenalis Worldwide Lagomorphs, Anterior small Ingestion of cysts Variable diarrhea Not reported 1
other mammals intestine in feces

Monocercomonas Worldwide Rabbits Cecum Ingestion of organism None Not reported 1
cuniculi in feces

Retortamonas cuniculi Worldwide Rabbits Cecum Ingestion of organism None Not reported 1
in feces

Amoebae

Entamoeba cuniculi Worldwide Lagomorphs, rodents Cecum, colon Ingestion of None Not reported 1
cysts in feces

Coccidia

Cryptosporidium spp. US, Europe Lagomorphs Small intestine Ingestion of sporulated Enteritis Uncertain 12
oocysts in feces

Eimeria coecicola Europe, Asia Rabbits Jejunum, ileum, Ingestion of sporulated Severe enteritis Not reported 1
cecum oocysts in feces

Eimeria elongata Europe Rabbits Intestine Ingestion of sporulated Mild enteritis Not reported 1
oocysts in feces

Eimeria exigua Worldwide Rabbits Ileum Ingestion of sporulated Mild enteritis Not reported 1
oocysts in feces

Eimeria flavescens Worldwide Rabbits Ileum, cecum, colon Ingestion of sporulated Moderate to Not reported 188
oocysts in feces severe enteritis

Eimeria intestinalis Worldwide Rabbits Small intestine, colon Ingestion of sporulated Severe catarrhal Not reported 1
oocysts in feces enteritis, sometimes

death
Eimeria irresidua Worldwide Rabbits Small intestine Ingestion of sporulated Moderate to severe Not reported 188

oocysts in feces hemorrhagic
enteritis

Eimeria magna Worldwide Rabbits Jejunum, ileum Ingestion of sporulated Moderate to severe Not reported 1
oocysts in feces enteritis, sometimes

death
Eimeria matsubayashii Japan, India Rabbits Ileum, cecum Ingestion of sporulated Mild to moderate Not reported 1

oocysts in feces fibrinonecrotic
enteritis

Eimeria media Worldwide Lagomorphs Small intestine, Ingestion of sporulated Mild to moderate Not reported 184
colon oocysts in feces enteritis
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Eimeria nagpurensis India, Iran Rabbits Intestine Ingestion of sporulated Mild enteritis Not reported 189
oocysts in feces

Eimeria neoleporis Worldwide Lagomorphs Ileum, cecum, colon Ingestion of sporulated Mild to severe enteritis Not reported 189
oocysts in feces in cottontail rabbits

Eimeria perforans Worldwide Rabbits Small intestine Ingestion of sporulated Mild to moderate Not reported 1
oocysts in feces enteritis

Eimeria piriformis Worldwide Rabbits Cecum, colon Ingestion of sporulated Moderate to severe Not reported 1
oocysts in feces enteritis

Eimeria roobroucki Europe Rabbits Unknown Ingestion of sporulated Unknown Not reported 22
oocysts in feces

Eimeria stiedae Worldwide Lagomorphs Liver Ingestion of sporulated Hepatitis, biliary duct Not reported 1
oocysts in feces hyperplasia and

fibrosis, icterus,
enteritis, death

Eimeria vejdovskyi Europe Rabbits Small intestine Ingestion of sporulated Unknown Not reported 184
oocysts in feces

Microsporidia

Enterocytozoon bieneusi Europe Rabbits, other mammals Intestine and Ingestion of spores Unknown Reported 72
bile duct

Trematodes

Dicrocoelium Americas, Asia, Lagomorphs, Bile duct Ingestion of Bile duct lesions, Reported 37
dendriticum Europe ruminants, humans infected ants hepatic cirrhosis

Fasciola spp. Worldwide Lagomorphs, Liver Ingestion of Hepatitis Reported 111
ruminants metacercaria

Hasstilesia spp. US Cottontail rabbits Small intestine Unknown Catarrhal enteritis Not reported 190

Cestodes

Cyclophyllidea

Andrya cuniculi Europe Rabbits Small intestine Ingestion of None known Not reported 80
intermediate host
(free-living mites)

Anoplocephaloides Europe Rabbits Small intestine Ingestion of None known Not reported 85
romerolagi intermediate host

(free-living mites)
Cittotaenia denticulata Europe Rabbits Small intestine Ingestion of intermediate None known Not reported 80

host (free-living mites)
Cittotaenia variabilis North America Rabbits, cottontail Small intestine Ingestion of intermediate None known Not reported 75

rabbits host (free-living mites)
Monoecocestus Europe, North Lagomorphs Small intestine Ingestion of intermediate Mild enteritis Not reported 75

americana America host (free-living mites)
Mosgovoyia spp. Europe, Rabbits Small intestine Ingestion of intermediate Mild enteritis, Not reported 75, 84

North America host (free-living mites) emaciation,
sometimes death

485

(Continued)

3
4
4
4
2
 C
h
 1
5
 4
5
1
-
5
0
0
.
q
x
d
  3

/
2
8
/
0
7
  1

:
2
5
 P
M
  P

a
g
e
 4
8
5



TABLE 15.3 (Continued )

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Cyclophyllidea

Paranoplocephala Europe Rabbits Small intestine Ingestion of intermediate None known Not reported 80
wimerosa host (free-living mites)

Raillietina spp. North America Lagomorphs Small intestine Ingestion of intermediate None known Not reported 73
host (ants)

Nematodes

Rhabditoidea

Strongyloides papillosus Worldwide Rabbits, hares, Small intestine, Ingestion of infective None known Not reported 99
other mammals lungs (larvae) larva or penetration of

skin or buccal mucosa
by larva

Oxyuroidea

Dermatoxys Spain Wild rabbits Cecum, colon Ingestion of None Not reported 82
hispaniensis embryonated egg

Dermatoxys North America Lagomorphs Cecum, colon Ingestion of Mild typhlitis Not reported 111
veligera embryonated egg

Dermatoxys vlakhaasi Africa Scrub hares Cecum, colon Ingestion of None Not reported 84
embryonated egg

Passalurus ambiguus Worldwide Lagomorphs Cecum, colon Ingestion of None Not reported 82
embryonated egg

Passalurus nonannulatus North America Cottontail rabbits, Cecum, colon Ingestion of None Not reported 111
hares embryonated egg

Trichostrongyloidea

Graphidium strigosum Asia, Europe, Lagomorphs Stomach Ingestion of Gastritis, anemia, Not reported 111
North infective larva death
America

Longistriata noviberiae North America Wild rabbits Small intestine Ingestion of None Not reported 112
infective larva

Nematodirus spp. Worldwide Lagomorphs Duodenum Ingestion of None Not reported 113
infective larva

Obeliscoides cuniculi Worldwide Lagomorphs Stomach Ingestion of Hemorrhagic Not reported 115, 116
infective larva gastritis

Trichostrongylus North America Lagomorphs, Small intestine Ingestion of Anemia Reported 87
calcaratus other mammals infective larva

Trichostrongylus North America Cottontail Small intestine Ingestion of None Not reported 73
ransomi rabbits infective larva

Trichostrongylus Asia, Europe, Lagomorphs, goats Duodenum, Ingestion of Enteritis Not reported 124
retortaeformis South America rarely stomach infective larva
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Trichostrongylus spp. Africa, Americas, Lagomorphs, Small intestine Ingestion of Variable, usually Not reported 36, 73, 81, 
Europe other herbivores infective larva none 84, 125

Spiruroidea

Gongylonema Worldwide Cottontail rabbits, Esophageal mucosa Ingestion of beetle None Rare 79, 111
pulchrum ruminants, swine or cockroach

intermediate host

Trichuroidea

Trichuris spp. Europe, Lagomorphs, Cecum, colon Ingestion of None Not reported 136
North America ground squirrels embryonated egg
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TABLE 15.4 Parasites of Rabbits—Musculoskeletal System.

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Coccidia (Sporozoans)

Besnoitia oryctofelisi South America Rabbits Muscle Ingestion of sporulated None Not reported 7
oocysts in feline feces

Sarcocystis cuniculi Worldwide Cottontail rabbits Striated and Ingestion of sporulated Muscle cysts Not reported 1
smooth muscle oocysts in cat feces

Sarcocystis leporum Worldwide Cottontail rabbits Striated and Ingestion of sporulated Muscle cysts Not reported 42
smooth muscle oocysts in cat or

raccoon feces
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TABLE 15.5 Parasites of Rabbits—Nervous System.

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Toxoplasma Worldwide Lagomorphs, Brain, myocardium, Ingestion of sporulated Organ-specific Common 44–77
gondii other mammals other organs oocyst in cat feces necrosis

Microsporidia

Encephalitozoon Worldwide Rabbits, other Brain, kidneys, Ingestion of spores, Encephalitis, Reported 62–64
cuniculi mammals other tissues transplacental nephritis

transmission

Nematodes

Ascaridoidea

Baylisascaris North America Rabbits, skunks Central nervous Ingestion of embryonated Encephalitis Rare 192
columnaris system eggs in skunk feces

Baylisascaris North America Rabbits, other Central nervous Ingestion of embryonated Encephalitis Reported 103
procyonis mammals system, other organs eggs in raccoon feces
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TABLE 15.6 Parasites of Rabbits—Respiratory System.

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Nematodes

Metastrongyloidea

Protostrongylus North America Cottontail rabbits, Pulmonary Ingestion of snail Pulmonary nodules Not reported 127
boughtoni hares bronchi intermediate host

Protostrongylus Europe Cottontail rabbits Bronchi Ingestion of mollusk Interstitial pneumonia, Not reported 111
oryctolagi intermediate host bronchiolitis

Protostrongylus Africa, Europe, Lagomorphs, Lungs Ingestion of snail Interstitial Not reported 198
pulmonalis North America domestic animals intermediate host pneumonia

Protostrongylus Worldwide Cottontail rabbits, Pulmonary Ingestion of snail Interstitial Not reported 111
rufescens ruminants bronchioles intermediate host pneumonia,

bronchiolitis
Protostrongylus North America Cottontail rabbits, Lungs Ingestion of mollusk Interstitial Not reported 111

sylvilagi hares intermediate host pneumonia
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TABLE 15.7 Parasites of Rabbits—Skin and Connective Tissue.

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Cestodes (Larval)

Echinococcus Worldwide Lagomorphs, Liver, lungs Ingestion of hexacanth Larval cyst Common 191
granulosus other mammals embryo in feces of (hydatid cyst)

canine definitive host formation
Taenia macrocystis North America Hares Back muscles, Ingestion of hexacanth Larval cysts Not reported 191

abdominal embryo in feces of (strobilocerci) on
mesenteries, lynx definitive host muscles or in
diaphragm, serous cavities
pericardium, liver

Taenia polyacantha Europe, Lagomorphs, Peritoneal cavity, Ingestion of hexacanth Larval cysts Not reported 191
North America wild rodents pleural cavity embryo in feces of fox (cysticerci) in

definitive host peritoneal cavity
or pleural cavity

Taenia pisiformis Worldwide Lagomorphs, Peritoneal cavity, Ingestion of hexacanth Larval cysts Not reported 191
wild rodents liver embryo in feces of (cysticerci) in

canine definitive host peritoneal cavity,
abdominal distention,
liver damage

Taenia serialis Worldwide Lagomorphs, Subcutaneous tissues Ingestion of hexacanth Subcutaneous Reported 191
wild rodents, dogs, of thorax or limbs embryo in feces of larval cysts
primates canid definitive host (coenuri)

Nematodes

Filaroidea

Brugia lepori North America Cottontail rabbits Subcutis, abdominal Transmitted by None Unknown 132
lymphatic vessels arthropod

intermediate host
Cercopithifilaria North America Snowshoe hares Subcutis Transmitted by None Not reported 193

leporinua arthropod
intermediate host

Dirofilaria scapiceps North America Cottontail rabbits, Subcutis of trunk Bite of mosquito Chronic Not reported 195
hares and later, the intermediate host tenosynovitis

hock joint
Dirofilaria uniformis North America Cottontail rabbits Subcutis of trunk Bite of mosquito None Not reported 73

intermediate host
Micipsella numidica Africa, Asia, Cottontail Subcutis Transmitted by None Not reported 196

Europe rabbits, hares arthropod
intermediate host
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TABLE 15.7 (Continued )

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Arthropods

Diptera (flies)

Ceratopogonidae North America Mammals Skin Direct contact Dermatitis, pruritus Common 199
(midges)

Culicidae Worldwide Vertebrates Skin Direct contact Pruritus, local Common 111
(mosquitoes) inflammation,

pathogen
transmission

Cuterebridae North America Lagomorphs, Subcutis Egg deposited by Painful cysts Reported 73, 138
(bots) other mammals, female fly

birds
Sarcophagidae Worldwide Mammals, birds Skin wounds Larvae deposited Dermal myiasis, Reported 111

(flesh flies) by female fly fetid skin wounds
Simulidae Worldwide Mammals, birds Skin Direct contact Irritation, pathogen Common 111

(blackflies) transmission

Phthiraptera (lice)

Haemodipsus Worldwide Rabbits Pelage, especially Direct contact Dermatitis, vector of Not Reported 143
ventricosus dorsal and Francisella tularensis

lateral trunk
Haemodipsus spp. Worldwide Rabbits Pelage Direct contact Dermatitis Not Reported 140–142

Siphonaptera (fleas)

Caenopsylla laptevi Europe Cottontail rabbits Pelage Direct contact Dermatitis Not reported 147
Cediopsylla simplex North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143
Cediopsylla inequalis North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143
Ctenocephalides spp. Worldwide Mammals Pelage, bedding Direct contact Dermatitis Common 145, 146
Echidnophaga Worldwide Chickens, other birds, Pelage Direct contact Dermatitis Common 145, 146

gallinacea mammals
Echidnophaga iberica Europe Cottontail rabbits Pelage Direct contact Dermatitis Not reported 145, 146
Echidnophaga Australia Cottontail rabbits, Pelage Direct contact Dermatitis Not reported 145, 146

myremecobii other mammals
Hoplopsyllus North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143

glacialis affinis
Hystrichopsylla talpae Europe Wild rodents, Pelage Direct contact Dermatitis Not reported 145, 146

cottontail rabbits
Meringis spp. North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143
Odontopsyllus dentatus North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143
Odontopsyllus North America Cottontail rabbits Pelage, bedding Direct contact Dermatitis Not reported 143

multispinosus
Pulex irritans Worldwide Humans, other mammals Pelage, bedding Direct contact Dermatitis Common 145, 146
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Spilopsyllus cuniculi Asia, Europe Lagomorphs, Pelage, bedding Direct contact Dermatitis, vector Not reported 143
hares, dog, cat of myxomatosis

virus and
Trypanosoma nabiasi

Xenopsylla cunicularis Europe Cottontail rabbits Pelage Direct contact Dermatitis Not reported 145, 146

Arachnida

Ticks (Soft)

Ornithodoros North America Lagomorphs, Skin, bedding Direct contact Transmits relapsing Reported; may 197
parkeri wild rodents fever, spotted fever transmit

human
pathogens

Ornithodoros turicata Worldwide Lagomorphs, other Skin, bedding Direct contact Transmits Reported; 197
mammals F. tularensis and may transmit

other pathogens human
pathogens

Otobius lagophilus North America Cottontail rabbits, Skin (face), bedding Direct contact Transmits Colorado Reported; may 143, 197
hares, cat tick fever transmit

Colorado
tick fever

Ticks (Hard)

Amblyomma spp. Worldwide Lagomorphs, Skin Direct contact Tick paralysis, local Reported; 197
other mammals irritation, anemia, transmits

pathogen vector human
pathogens

Dermacentor spp. Worldwide Lagomorphs, Skin Direct contact Tick paralysis, Reported; 197
other mammals local irritation, transmits

anemia, pathogen human
vector pathogens

Haemaphysalis Americas Cottontail rabbits, Skin Direct contact Anemia, emaciation, Reported; 197
chordeilis hares, small mammals death, pathogen transmits

vector human
pathogens

Haemaphysalis Americas Cottontail rabbits, Skin (head, neck) Direct contact Anemia, emaciation, Reported; 197
leporis-palustris hares, small death, pathogen transmits 

mammals, birds vector human
pathogens

Ixodes spp. Worldwide Lagomorphs, Skin Direct contact Tick paralysis, local Reported; 197
other mammals irritation, anemia, transmits

pathogen vector human
pathogens

Rhipicephalus pusillus Europe Lagomorphs, other Skin Direct contact Anemia, emaciation, Reported; 197
mammals death, pathogen transmits

vector human
pathogens
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TABLE 15.7 (Continued )

Geographic Location Method of Pathologic
Parasite Distribution Hosts in host infection effects Zoonosis Reference

Ticks (Hard)

Rhipicephalus Worldwide Lagomorphs, dog, Skin Direct contact Anemia, emaciation, Reported; 197
sanguineus coyote, deer, cattle death, pathogen transmits 

vector human
pathogens

Mites

Astigmates

Leporacarus gibbus Worldwide Lagomorphs Pelage, back and Direct contact None Reported 159
abdomen

Psoroptes cuniculi Worldwide Domestic rabbits External ear canal, Direct contact Otitis externa and Not reported 111
pelage of face, media, dermatitis,
neck, legs pruritus

Notoedres cati Worldwide Cats, lagomorphs, Skin Direct contact Dermatitis, pruritus Reported 111
other mammals

Sarcoptes scabiei Worldwide Mammals Skin Direct contact Dermatitis, pruritus Reported 111

Prostigmates

Cheyletiella Worldwide Lagomorphs, Pelage over scapulae Direct contact Alopecia, dermatitis, Reported 177
parasitivorax dogs, cats variable pruritus,

hyperkeratosis
Cheyletiella spp. Worldwide Lagomorphs, Pelage Direct contact Dermatitis Not reported 178

other mammals
Demodex cuniculi Worldwide Rabbits Skin Direct contact Dermatitis Not reported 182
Trombiculids (Chiggers) Worldwide Mammals Skin Direct contact Dermatitis Common 111

Arthropods

Pentastomida (Tongue worms)

Linguatula serrata Worldwide Lagomorphs, Mesenteric lymph Ingestion of infective None Reported 111
other mammals nodes egg in canine feces
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INTRODUCTION

Despite their increasing popularity as pets and their long-
time use in biomedical research, including as experimental
hosts for various parasitic infections1, domestic ferrets
(Mustela putorius furo) have been found to be naturally
infected with relatively few species of parasites. This could
result in part from the current husbandry practice of con-
fined or indoor housing for most ferrets. Alternatively,
some parasitisms may be underreported.

Regardless, the parasites that are commonly found in
ferrets tend to be those that are also found in other carnivo-
rous mammals, such as dogs and cats. Therefore, the inter-
ested reader will at times be referred to Chapter 17, Parasites
of Dogs, and Chapter 18, Parasites of Cats, for additional

information. Because of the dearth of naturally occurring
parasites in ferrets, relatively little is known of their treat-
ment. Veterinarians called upon to treat parasitic diseases in
ferrets often must use drug guidelines developed in other
host species, and should be aware that the administration of
antiparasitic drugs to ferrets involves extralabel use.

PROTOZOA

Phylum Sarcomastigophora

Giardia sp.

Clinical cases of giardiasis have not been described in the lit-
erature. However, cysts and trophozoites have occasionally
been identified in fecal specimens from ferrets. In addition, a
recent publication reports the isolation and molecular char-
acterization of a zoonotic genotype of Giardia intestinalis in a
pet store ferret38. Although virtually nothing is known about
Giardia sp. in ferrets, it is likely that the biology and clinical
management would be similar to the same condition in dogs.
Some have recommended that, if warranted, treatment be
administered with oral metronidazole (50 mg/kg daily) for at
least five days2. In dogs, oral fenbendazole (50 mg/kg daily)
administered for three days, repeated in two weeks, has
proven highly effective in treating giardiasis3. This regimen
has not been evaluated in ferrets.

Phylum Apicomplexa

Cryptosporidium parvum

The reader is directed to Chapter 20, Parasites of Sheep
and Goats, for information concerning the biology and
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management of Cryptosporidium parvum. Young ferrets
can be infected with enteric C. parvum but the condition is
usually subclinical and self-limiting, even in ferrets receiv-
ing immunosuppressive corticosteroids4. Diagnosis is
made by identifying the very small (5 µm) oocysts in fresh
fecal smears or concentrated fecal samples stained by acid-
fast stains, auramine, or fluorescent antibodies5. Asexual
and sexual stages can also be seen on the surface of
microvilli by light microscopy (Figure 16.1).

No drug therapy for cryptosporidiosis is widely
accepted as safe and efficacious at present, although paro-
momycin, an aminoglycoside antibiotic, has been shown
to have potential use in humans and various animal
species, including a cat that had cryptosporidian oocysts in
its diarrheic feces6. However, caution must be advised in
extrapolating the cat dosage used (165 mg/kg orally twice a
day for five days) to ferrets, because a later report described
acute renal failure in four cats treated with paromomycin
at the same or a lower dosage level7.

Recently, direct sequencing of polymerase chain reac-
tion DNA products has been used to verify that the ferret

502 FLYNN’S PARASITES OF LABORATORY ANIMALS

genotype of C. parvum is unique, and appears conserved
among ferrets from different geographic areas8. It is
unknown whether ferret isolates can infect humans, or if
the ferret can be a reservoir for isolates of C. parvum recov-
ered from other host species. The public health signifi-
cance of ferret cryptosporidia will depend on evidence of
interspecies transmission. In the meantime, ferret isolates
of C. parvum should be considered zoonotic.

Eimeria spp. and Isospora sp.

Morphology, Hosts, and Life Cycle. Three species of
coccidia, Eimeria furonis, E. ictidea, and Isospora laidlawi,
were described in ferrets early in the last century9,10. In two
case reports since then, ferrets have been found infected
with coccidia morphologically consistent with E. furo-
nis11,12. Oocysts of E. furonis measure 12.8 µm long by
12 µm wide. Those of E. ictidea measure 23.6 µm long by
17.5 µm wide, and those of I. laidlawi measure 34 µm long
by 29 µm wide9.

Sporulated oocysts of E. furonis and E. ictidea may
also be differentiated from those of I. laidlawi by the num-
ber of sporocysts and sporozoites. Sporulated oocysts of
Eimeria spp. contain four sporocysts, each of which con-
tains two sporozoites, whereas oocysts of Isospora spp. con-
tain two sporocysts, with four sporozoites each. Their life
cycles are similar and direct5. Oocysts shed in the feces
undergo sporulation to become infectious. Once these are
ingested, sporozoites are released in the intestine to invade
epithelial cells and become trophozoites. Asexual multipli-
cation follows until merozoites form the sexual microga-
metes and macrogametes that fuse and mature to form
oocysts. In addition to these, ferret kits raised on the same
premises with puppies were found to shed oocysts of
I. ohioensis. The ferrets exhibited no signs of disease13.

Pathologic Effects and Clinical Disease. Healthy,
young ferrets infected with coccidia typically have no ill
effects, although diarrhea can occur when animals are
stressed2. In one case, a four-month-old ferret presenting
with diarrhea and lethargy was diagnosed post-mortem
with enteric coccidiosis14. The inflamed and thickened
intestinal villi contained coccidia in various stages of devel-
opment (Figure 16.2). In another study, several ferrets
with proliferative bowel disease were found to be coin-
fected with coccidia and Lawsonia intracellularis, but the
contribution of the protozoa to the intestinal lesions in
these cases could not be determined11. Hepatic coccidiosis
was diagnosed in a weanling ferret which was emaciated,
anorectic, and slightly icteric12.

Fig. 16.1 Small intestinal villus of a ferret with numerous cryp-
tosporidia (arrows) along the brush border. H & E stain, bar = 35 µ.
Reproduced from Rehg, J.E., Gigliotti, F., and Stokes, D.C. (1988)
with permission.
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Diagnosis. Fecal flotation techniques and direct
smears are used to detect coccidian oocysts. The reader is
referred to Chapter 1, Collection, Preservation, and Diag-
nostic Methods, for a description of methods.

Treatment and Prevention. Oral treatment regimens
include any of the following: sulfadimethoxine at 30 mg/kg,
cherry-flavored sulfadiazine-trimethoprim at 30 mg/kg,
amprolium at 19 mg/kg, or decoquinate at 0.5 mg/kg2. The
latter two coccidiostats are only commercially available in
large volumes and thus are more practical for treating large
groups of ferrets. Treatment should be administered for at
least two weeks.

Ferrets should be placed in clean cages after the first
treatment, at least once more during the first week of treat-
ment, and again on the day before the period of treatment
is concluded. One or more negative fecal examinations
should be used to demonstrate treatment efficacy, regard-
less of the drug employed. Oocysts sporulate rapidly and
thus can infect susceptible ferrets a few days after being
shed. Therefore, prevention of oocyst transmission once an
outbreak has occurred requires strict attention to sanita-
tion, including thorough disinfection of cages and equip-
ment.

Public Health Considerations. Coccidia of ferrets
are not considered infectious to humans.

Toxoplasma gondii

The reader is referred to Chapter 18, Parasites of Cats, for
a complete discussion of the biology and clinical aspects of
toxoplasmosis. Like essentially all other mammals, ferrets
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may serve as intermediate hosts for Toxoplasma gondii. Fer-
rets become infected by ingesting raw meat that contains
encysted stages or food contaminated by cat feces that con-
tains sporulated oocysts. Infections are usually subclinical.
In one report, ferrets used in a study on canine distemper
were found to be infected with Toxoplasma by histological
examination15. Elsewhere, congenital infection appeared
to be responsible for Toxoplasma-like organisms in neona-
tal kits that died acutely with characteristic lesions of mul-
tifocal necrosis in the heart, liver, and lungs16.
Antemortem diagnosis may be achieved serologically.
Treatment of infected ferrets generally is not warranted;
thus, guidelines are not available. Ferret food should be
stored in sealed containers and protected from contamina-
tion with cat feces.

NEMATODES

Dirofilaria immitis

Ferrets are susceptible to infection with a variety of nema-
tode parasites17,18, but reports of these are rare. Related
mustelids living in the wild are more commonly exposed
to unusual nematode species; for example, gastric gnatho-
somiasis was recently documented in polecats (Mustela
putorius) from Bulgaria19. The nematode of primary
importance in laboratory ferrets is the heartworm, Dirofi-
laria immitis.

Morphology. The reader is referred to Chapter 17,
Parasites of Dogs, for a morphologic description of
D. immitis.

Hosts. Dogs and other canines are the most common
definitive hosts of D. immitis. Cats, ferrets, harbor seals,
and humans may also become infected.

Life Cycle. The life cycle of D. immitis in ferrets is
similar to that described for dogs. Infection occurs when
mosquitoes carrying infective third-stage larvae feed upon
ferrets. The larvae migrate subcutaneously within the ferret
host, reaching the heart as early as 70 days post-infection,
where they become adult worms20. Adult worms copulate
and the females release microfilaria into the bloodstream
for ingestion by mosquitoes. Microfilaria develop to the
infective third-stage larvae in the mosquito. Microfi-
laremia is not a consistent finding in ferrets.

Pathologic Effects and Clinical Disease. Adult
worms are found in the right atrium and ventricle, pul-
monary artery, and vena cavae of ferrets21–24. Car-
diomegaly, pleural fluid, and ascites develop, and are

Fig. 16.2 Small intestinal villus of a ferret with enteric coccidiosis. A
macrogamete (closed arrow) and oocyst (open arrow) are present within
epithelial cells. Reproduced from Blankenship-Paris, T.L., Chang, J.,
and Bagnell, C.R. (1993) with permission.
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accompanied by lethargy, anorexia, weakness, dyspnea,
cyanosis, and persistent cough. Thoracic auscultation
reveals normal to inaudible heart sounds and moist lung
sounds.

Diagnosis. Dirofilariasis may be suspected with a his-
tory of exposure to mosquitoes, characteristic clinical
signs, and radiographic or ultrasonographic evidence of
thoracic changes. Because microfilaremia may not be pres-
ent, definitive diagnosis requires heartworm antigen test-
ing. At this time, heartworm test kits have not been
thoroughly evaluated in ferrets25.

Treatment. Because even one adult worm can be fatal,
ferrets in heartworm-endemic areas should be maintained
on a heartworm prevention program throughout the year.
Monthly oral ivermectin formulated for dogs or cats is safe
for ferrets. While the microfilaricidal dose of ivermectin is
about 6 µg/kg, ferrets can tolerate much higher dosages2. A
protocol for treatment of ferrets with dirofilariasis has been
described25. The regimen combines melarsomine and iver-
mectin for treatment of adult worms and microfilaria,
respectively. The adulticide melarsomine is given at 2.5
mg/kg intramuscularly once; one month later the same
dosage of melarsomine is given twice, 24 hours apart.

Ancillary supportive care is also necessary, and
includes diuretics for pleural effusion and oral prednisone
at 0.5 mg/kg once or twice a day. Strict cage rest is recom-
mended for four to six weeks after treatment. If animals
have clinical signs and microfilaremia, 50 µg/kg ivermectin
is administered subcutaneously every 30 days until signs
and microfilaria are eliminated.

Prevention. Ferrets should be housed in such a way
that they are not accessible to mosquitoes.

Public Health Considerations. Though uncom-
mon, D. immitis will infect humans. However, most
humans are at a greater risk of exposure as a result of mos-
quitoes feeding on infected dogs, versus those feeding on
infected ferrets, especially because microfilaremia is
uncommon in ferrets.

ARTHROPODS

Ferrets that live outdoors may become infested with a vari-
ety of arthropod parasites, including mites, ticks, and fly
larvae17,18. In some cases, these may cause clinical disease.
For example, abscesses, granulomatous masses, and fistulae
have been reported due to myiasis18. The arthropod para-
sites most likely to be encountered in the laboratory setting
are discussed below.
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Class Insecta

Ctenocephalides sp.

Ferrets are susceptible to infestation with fleas similar to
those that infest other mammals. In one survey of fleas
found on various domestic pets brought to veterinary hos-
pitals in Germany, the single ferret examined was infested
with Ctenocephalides felis26. Flea transmission is by direct
contact with a contaminated animal or environment.
Clinical signs range from none to pruritus with scaly skin,
areas of excoriation, and alopecia. Evidence of flea bite
hypersensitivity may also be apparent18.

The diagnosis is made when fleas or flea excreta are
found on the animal. Adult fleas are most often located on
ferrets in the area between the scapulae. Effective treat-
ment requires eradicating fleas from the environment and
from all potential hosts. Several products licensed for dogs
and cats are safe and effective when used judiciously in fer-
rets18,27. For example, topical imidacloprid is efficacious
and easily applied28.

Class Arachnida

Demodex sp.

A potentially new species of Demodex was identified in skin
scrapings and biopsies from two mildly pruritic adult ferrets.
Presenting signs included discolored, yellowish skin and
localized alopecia behind the ears, on the abdomen, in the
inguinal region, and on the ventral aspect of the tail29. A
potentially predisposing factor was that both ferrets had been
repeatedly treated for ear mites with an ointment containing
triamcinolone acetate, a glucocorticoid. Treatment with a
series of amitraz dips (0.0125% to 0.0375%) was initiated,
followed by multiple skin scrapings to confirm mite eradica-
tion. Ivermectin may represent an alternative acaricide.

Otodectes cynotis

The ear mite, Otodectes cynotis, that infests ferrets is the
same species identified in dogs and cats30,31. The interested
reader is referred to Chapters 17, Parasites of Dogs, and
Chapter 18, Parasites of Cats, for additional information
concerning this mite. The life cycle of O. cynotis is direct,
and requires three weeks to complete. Transmission to a
new host is via direct contact with contaminated animals
or debris. Ferrets infested with ear mites usually show no
clinical signs. However, secondary otitis interna may
develop, and be accompanied by ataxia, circling, torticol-
lis, and signs associated with Horner’s syndrome18,27,32,33.
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Microscopic examination of ear canal debris reveals all
life cycle stages of O. cynotis. Adult mites can often be
observed moving in the auricular canal with the use of an
otoscope. Uninfested ferrets routinely have dark waxy
debris in their ear canals; therefore, microscopic or oto-
scopic evaluation is necessary for accurate diagnosis.

All affected or exposed animals should be simultane-
ously treated with an acaricide. In one clinical trial, topical
ivermectin divided between the two ear canals was more
efficacious than the same dosage given as a subcutaneous
injection33. By topical or parenteral route, 1% ivermectin,
diluted 1:10 in propylene glycol and administered at a
dosage of 400 µg/kg, was given twice, two weeks apart. Ear
canal debris was not removed prior to ivermectin adminis-
tration; however, the cartilaginous canal was massaged
after drug instillation.

Caution should be exercised when administering iver-
mectin to pregnant jills because congenital defects may
develop in offspring of ferrets treated with 0.2 ml of 1%
ivermectin during the first two to four weeks of gesta-
tion18. A combination of thiabendazole, dexamethasone,
and neomycyin instilled topically in the ear canals once a
day for two weeks with one intervening week without
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treatment is an alternative medication for pregnant ani-
mals. However, it has not been determined whether the
cumulative dosage of dexamethasone could affect fetal
development.

Sarcoptes scabiei

Sarcoptic mange is rare in all ferrets, but especially those
housed indoors. Sarcoptes scabiei may be transmitted by
direct contact with an infested host or via fomites. Two
clinical syndromes have been described in ferrets with
S. scabiei infestation34. In the pedal form, affected ferrets
develop lesions on the toes and feet. These become swollen
and encrusted. The claws can become necrotic if the con-
dition goes untreated35. In the generalized form, ferrets
become intensely pruritic, with focal or generalized alope-
cia. The face, pinnae, and ventrum may be affected36. Mite
identification requires multiple skin scrapings from less
excoriated areas, or examination of crusts that have been
cleared with 10% potassium hydroxide. Acaricidal dips
have been employed; however, ivermectin (200 to 400
µg/kg) given subcutaneously every two weeks until the
mites are eradicated is effective and easily administered.
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TABLE 16.1 Parasites of Ferrets.

Parasite Geographic Location Method of Pathologic
distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Giardia sp. Worldwide Ferrets Small intestine Ingestion of Unknown Unknown with 2, 38
cyst in feces ferret isolate

but likely

Coccidia

Cryptosporidium Worldwide Ferrets, other Small intestine Ingestion of None Unknown with 4
parvum mammals sporulated oocyst ferret isolate

in feces but possible
Eimeria furonis Worldwide Mustelids Intestine, liver Ingestion of sporulated None Not reported 9, 10, 12

oocyst in feces
Eimeria ictidea Worldwide Mustelids Intestine Ingestion of sporulated None Not reported 9, 10

oocyst in feces
Isospora laidlawi Worldwide Mustelids Intestine Ingestion of sporulated None Not reported 9, 10

oocyst in feces
Sarcocystis muris Worldwide Mustelids Intestine Ingestion of muscle None Not reported 18

cysts in infected
rodents

Toxoplasma gondii Worldwide Mammals Heart, liver, lungs, Ingestion of sporulated Tissue specific Common 16
other tissues oocyst in cat feces or

undercooked meat

Cestodes

Ariotaenia Americas, Asia, Mustelids, Intestine Ingestion of beetle None Not reported 18
procyonis Europe procyonids intermediate host

Dipylidium caninum Worldwide Canids, cats, Small intestine Ingestion of flea None Rare 18
mustelids, humans intermediate host

Mesocestoides sp. Worldwide Carnivores Small intestine, Ingestion of mite Peritonitis Rare 18
peritoneum intermediate host

Nematodes

Ascaridoidea

Toxascaris leonina Worldwide Canids, cats, Small intestine Ingestion of embryonated Poor condition, Not Reported 18
mustelids egg or paratenic host alopecia, scaling

Toxocara cati Worldwide Canids, cats, Small intestine Ingestion of embryonated Enteritis Reported 18
mustelids egg or paratenic host

Strongyloidea

Ancylostoma sp. Worldwide Canids, cats, rodents, Small intestine Ingestion of embryonated Enteritis Reported 18
mustelids egg or paratenic host

Metastrongyloidea
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Filaroides Russia Mustelids Lung Unknown None Not reported 37
bronchialis

Spiruroidea

Skrjabingylus Europe Mustelids Frontal sinus Ingestion of arthropod None Not reported 37
(Spiroptera) nasicola intermediate host

Filaroidea

Dirofilaria immitis Worldwide Canids, cats, ferrets, Adult: right atrium Bite of mosquito Cardiomegaly, Rare 24
harbor seals, humans and ventricle, pleural fluid,

pulmonary artery, ascites
vena, cava
Microfilaria: blood

Trichuroidea

Trichinella spiralis Asia Mammals Adults: small Ingestion of None Potential 18
intestine; undercooked
larvae: muscles meat

Arthropods

Insecta

Diptera

Cuterebra sp. Worldwide Rodents, other Skin and underlying Deposition of eggs Cutaneous myiasis Reported 18
mammals tissues by adult fly

Hypoderma bovis Worldwide Cattle, other Skin and underlying Deposition of eggs Cutaneous myiasis Reported 18
mammals tissues by adult fly

Wohlfahrtia vigil Worldwide Mustelids Skin and underlying Deposition of eggs Cutaneous myiasis, Rare 18
tissues by adult fly abscesses

Siphonaptera

Ctenocephalides sp. Worldwide Mammals Skin Direct contact Dermatitis Common 28

Arachnida

Mites

Astigmatids

Otodectes cynotis Worldwide Dogs, cats, ferrets, Ear canal Direct contact Otitis interna Not reported 32
other mammals

Sarcoptes scabiei Worldwide Mammals Skin Direct contact, Dermatitis, crusting, Common 35, 36
fomites alopecia

Prostigmatids

Demodex sp. Worldwide Ferrets Skin Direct contact Alopecia, scabby Not reported 29
dermatitis

Ticks

Ixodes ricinus Britain Ferrets, other mammals Skin Direct contact None Reported 18
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PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Hemoflagellates
Leishmania spp. Morphology. Leishmania organisms in
the dog are ovoid and usually measure 2.5 µ to 5 µ long by
1.5 µ to 2 µ wide. The only stage present in the dog is the
amastigote stage which is morphologically indistinguishable
from that of Trypanosoma cruzi. Amastigotes contain a
nucleus and a large kinetoplast, and are only found in
macrophages, where they divide by binary fission (Figure
17.1). In culture and in the sand fly vector, amastigotes
transform into a promastigote stage that is 14 µ to 20 µ long
and 1.5 µ to 3.5 µ wide. The promastigotes have an anteri-
orly directed flagellum that exits the anterior end of the
nucleus from the anteriorly placed kinetoplast. The pro-
mastigote stage does not have an undulating membrane.

Hosts. Dogs are susceptible to infection with L. cha-
gasi, L. infantum, L. mexicana, L. peruviana, and L. tropica.
Wild rodents serve as additional reservoir hosts. Humans
are susceptible to infection with all of these species.

Life Cycle. Leishmania organisms are transmitted by
the bite of a sand fly, Phlebotomus spp. in the Old World,
and Lutzomyia spp. in the New World. When the fly bites
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an infected host, it ingests macrophages in the skin that
contain amastigotes. In the fly, the amastigotes transform
into promastigotes that multiply by binary fission. Pro-
mastigotes migrate to the salivary glands and are inocu-
lated during subsequent blood meals.

Pathologic Effects. Leishmania occurs in macrophages
of the skin, liver, spleen, lymph nodes, mucosa, bone mar-
row, and elsewhere1. Strains differ in clinical signs, lesions,
hosts, and epidemiologic features. Leishmania infantum and
L. chagasi cause a visceral form of disease, while L. tropica, L.
peruviana, and L. mexicana cause cutaneous lesions. Dogs
may also develop cutaneous signs when infected with L.
infantum or L. chagasi. It may be difficult to distinguish
between cutaneous and visceral forms without tissue biopsy.
In visceral leishmaniasis, the spleen is enlarged, congested,
and purple or brown, and the liver and lymph nodes may be
enlarged. Organ enlargement is due to local accumulation
of infected macrophages. In cutaneous leishmaniasis, there
may be scurfy desquamation of the skin and numerous cuta-
neous ulcers.

Clinical Disease. Visceral leishmaniasis results in
anemia, alopecia, lymphadenopathy, cutaneous ulcers,
hyperthermia, apathy, cachexia, and ulcerated mucosa1.
Cutaneous leishmaniasis causes cutaneous ulcers that may
be accompanied by alopecia and discoloration.

Diagnosis. Organisms can be found in stained smears
of material from skin ulcers and in biopsy specimens col-
lected from affected organs. Leishmania sp. promastigotes
may be grown in culture of cutaneous lesions or deep biop-
sies using Novy, MacNeal, and Nicolle’s medium, or other

Fig. 17.1 Leishmania infantum amastigotes in a macrophage.
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media supplemented with M1992. Molecular techniques are
used to determine the species or strain of parasite present.

Treatment. Canine leishmaniasis may be treated with
meglumine antimonate, allopurinol, and amphotericin B;
or a combination of meglumine antimonate and allopuri-
nol. Treatment may result in temporary clinical improve-
ment and reduce anti-leishmanial antibody titers, but is
usually ineffective in eradicating the organism3. For this
reason there are concerns about the wide-scale treatment of
dogs in endemic areas, because this approach could lead to
drug resistance which may complicate treatment of human
cases4.

Prevention. Infection can be prevented by housing
dogs in conditions that prevent or discourage sand fly
bites, including housing dogs indoors, using screens,
administering topical permethrin monthly5, and using
deltamethrin-impregnated collars6.

Public Health Considerations. There have been
reports of foxhounds in animal facilities and kennels devel-
oping visceral leishmaniasis7. In some cases, the source of
infection and means of transmission could not be deter-
mined with certainty. In one U.S. outbreak, molecular
typing of the species involved indicated that the organisms
were the same as those in dogs in the Mediterranean7.
Dogs in Leishmania-endemic areas are potential sources of
human infection within the animal facility. Zoonotic
transmission may occur if personnel do not protect broken
skin from contamination.
Trypanosoma cruzi Morphology. Two forms of Try-
panosoma cruzi infect mammals8. The trypomastigote
form occurs in the blood (Figure 17.2). It is 16 µ to 20 µ
long and has a pointed posterior end, a large stumpy body,
a large terminal kinetoplast, a narrow undulating mem-
brane, and a moderately long free flagellum. The large ter-
minal kinetoplast is characteristic of this species of
Trypanosoma, and the body is often found to be C-shaped
rather than S-shaped in blood smears. The amastigote
form occurs in groups in the cells of the skeletal muscle
and the myocardium, and in fixed macrophages in the
skin, liver, lungs, and spleen. The amastigote is 1.35 µ to 4
µ in diameter and characterized by a relatively large
nucleus adjacent to the distinctive kinetoplast.

Hosts. Trypanosoma cruzi can be found in nearly all
mammals within endemic areas, which include the south-
ern United States, Mexico, and Central and South Amer-
ica. Reservoir hosts include rodents, opossums, raccoons,
and similar wildlife species. Dogs, cats, and humans may
also become infected.
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Life Cycle. Dogs become infected after consuming
infected bugs, which serve as intermediate hosts, or after
consuming other infected animals. Intrauterine infection
also occurs9. Trypomastigotes cross the mucous membrane
and enter the blood stream, then invade macrophages and
striated muscle cells, especially those of the myocardium.
There, trypomastigotes transform into amastigotes, which
multiply by binary fission, destroying the infected cells as
they form nests of organisms. Some amastigotes may revert
to the trypomastigote form and re-enter the blood stream.
Insect vectors become infected when they take a blood
meal from an infected host. A period of development
through promastigote and epimastigote forms in the insect
ultimately produces the infective metacyclic trypomasti-
gotes found in the insect’s feces. The cycle in the bug takes
6 to 15 days.

Pathologic Effects. Trypanosoma cruzi causes either
an acute or chronic disease in dogs. In acute disease, gross
lesions include a diffusely pale myocardium with right
ventricular enlargement, hepatomegaly, and a moderate
amount of modified transudate in the abdominal cavity.
Histology reveals severe diffuse granulomatous myocardi-
tis with large numbers of pseudocysts. There may also be
mild multifocal myositis10 and pseudocysts in skeletal
muscles and smooth muscles of the urinary bladder and
small intestine. Some cases may develop multifocal
encephalitis with pseudocysts in the cerebral cortex, cere-
bellum, and brain stem. The gross lesions develop into
biventricular enlargement and thinning of the ventricular
free walls as the disease becomes chronic. Histology reveals
multifocal interstitial lymphohistiocytic cellular infiltrates,

Fig. 17.2 Trypanosoma cruzi trypomastigote in a canine blood smear.
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perivasculitis, and marked fibrosis in all areas of the
myocardium.

Clinical Disease. Clinical signs may include ascites,
respiratory distress, thoracic effusion, cyanosis, and weak
pulse with ventricular arrhythmias. Electrocardiography
may reveal first-degree heart block, chamber enlargement
and ventricular-based arrhythmias. M-mode echocardiog-
raphy can be used to confirm cardiac enlargement and pos-
sibly septal and left ventricular free wall thinning11.

Diagnosis. Diagnosis is made by identifying the
organisms in blood, by organ smears, or in tissue sections.
Diagnosis can also be made through the culture of the
blood in Novy, MacNeal, and Nicolle’s medium. Another
technique, known as xenodiagnosis, is to examine the
intestinal tracts of clean bugs after they have been allowed
to feed on suspected hosts.

Treatment. There is no effective treatment for Try-
panosoma cruzi infections. Benznidazole effectivley clears
dogs of infection in only up to two-thirds of cases12.

Prevention. Preventing infection is difficult in dogs
housed outdoors. Runs should be screened to prevent
access of bugs or rodents. Bugs may be attracted to security
lights adjacent to outdoor runs.

Public Health Considerations. Random-source
dogs are often infected when acquired in T. cruzi-endemic
areas. Animal workers may be infected through contact
with the blood of an infected animal, needle sticks, or
open wounds. Thus, blood and tissues of infected dogs
must be handled with care. If fights occur between dogs,
the blood from wounds is potentially infectious and
should be handled with proper caution.

Enteric flagellates
Giardia canis Morphology. Trophozoites of Giardia
canis measure 9 µ to 21 µ long, 5 µ to 15 µ wide, and 2 µ to
4 µ thick (Figure 17.3). Typical of the genus, the body is
piriform with a broadly rounded anterior end, an extended
posterior end, and a large sucking disc on the anterior ven-
tral side. There are two anterior nuclei, two slender
axostyles, eight flagella, and a median body. The cysts are
ovoid and measure 8 µ to 12 µ long by 7 µ to 10 µ wide.

Hosts. Giardia is one of the most common parasites
of the domestic dog. It is commonly found in laboratory-
reared beagles, where many of the dogs from large com-
mercial animal suppliers are routinely infected. Giardia is
also commonly seen in animals visiting veterinary practices
(7.2% overall in Canada, 7.5% in the United States, and
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16.5% in Germany)13–15. Recent molecular biology
studies suggest that the dog is host to its own species of
Giardia, which is here designated as Giardia canis16. Giar-
dia canis is morphologically similar to G. intestinalis of
humans. Dogs can also occasionally be infected with G.
intestinalis.

Life Cycle. Trophozoites colonize the proximal small
intestine and reproduce by longitudinal binary fission.
Trophozoites transform into cysts with passage through
the intestinal tract. Transmission from host to host is
through ingestion of cysts passed in the feces.

Pathologic Effects and Clinical Disease. There is
very little anatomical pathology associated with Giardia
infection17. Many infected dogs remain asymptomatic for
months to years. Other dogs may have irregular bouts of
diarrhea followed by asymptomatic periods. Some dogs
develop chronic diarrhea, which persists until the parasites
are removed by treatment.

Diagnosis. Diagnosis is by finding cysts in the feces,
either with zinc sulfate flotation or a direct saline smear.
The trophozoites and their flagella can be observed in
motion in fresh feces. A fecal antigen detection test has
been approved for the diagnosis of Giardia in dogs and cats.

Treatment. Treatments of choice for Giardia include
metronidazole and fenbendazole18. Infected dogs may be
treated with both products simultaneously for five days:
metronidazole (25 mg/kg every 24 hours) and fenbenda-
zole (50 mg/kg q.24 hours). Dogs that excrete cysts after

Fig. 17.3 Giardia canis. Cysts from the feces of an asymptomatic dog
concentrated using zinc sulfate centrifugal flotation.
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treatment can be retreated for 10 days. Bathing dogs after
treatment helps prevent re-infection18.

Prevention. Preventing infection is difficult due to a
high prevalence rate in the canine population. In situations
where Giardia-free dogs are required, it may be necessary
to use cesarean-derived pups. Even under these conditions,
outbreaks may occur. If eradication of the parasite is
attempted, all animals must be treated simultaneously.
Also, dogs should be bathed and transferred to clean cages
on each day of treatment.

Public Health Considerations. In most cases,
humans become infected with human species of isolates of
Giardia. Because dogs may also be infected with human
strains, strict adherence to personal hygiene prevents infec-
tion of animal workers.
Pentatrichomonas hominis Morphology. Trophozoites
measure 15 µ long and 5 µ wide (Figure 17.4)19. There is a
single large nucleus at the anterior end, with four anterior
flagella. A fifth flagellum exits the trophozoite anteriorly,
then curves posteriorly. The latter flagellum is attached to
the surface of the organism through an undulating mem-
brane. The living trophozoite can be easily recognized by
the movement of the anterior flagella and undulating
membrane. No cyst stage is formed.

Hosts. Natural hosts of P. hominis include dogs and
humans, where it lives as a commensal in the large intes-
tine. It is not known whether canine and human isolates
are cross-infective.

Life Cycle. Trophozoites are passed from host to host
in the feces20. Trophozoites die rapidly in the environment,
so successful transmission requires contact with fresh feces.

Pathologic Effects and Clinical Disease. Infection is
not accompanied by pathologic changes or clinical signs.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding trophozoites in the soft to liquid feces. Tropho-
zoites are rarely found on fecal flotation. A diagnostic kit
(In-Pouch Test) facilitates culturing of trichomonads in
the feces of cats, but it has not been evaluated for use in
dogs. Infections with P. hominis may be cleared with
metronidazole. Preventing fecal oral contact between dogs,
which can be difficult, prevents the infection from spread-
ing. It is likely that puppies are infected from their mothers
and that infections are routinely spread between litter-
mates.

Public Health Considerations. Animal workers
should practice good hygiene when working with poten-
tially infected dogs.
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Phylum Apicomplexa

Class Coccidia

Cryptosporidium canis
Morphology. The oocysts of Cryptosporidium canis are the
smallest of the coccidial oocysts shed in dog feces. The
oocysts are spheroid and 5 µ in diameter (Figure 17.5).
The oocysts contain four sporozoites and are infectious
when passed.

Fig. 17.4 Pentatrichomonas hominis. Reproduced from Fukushima,
T., Mochizuki, K., Yamazaki, H., Watanabe, Y., Yamada, S., Aoyama,
T,. et al. (1990) with permission.
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Prevention. Cryptosporidium canis is easily transmit-
ted within the kennel environment, because oocysts are
infectious when passed and are resistant to environmental
extremes. Prevention is based on strict hygienic practices.

Public Health Considerations. Cryptosporidium
canis does not infect immunologically competent people.
Infection may occur in children, or in adults with immune
deficiency25. Thus, animal workers should practice excel-
lent hygiene when working with potentially infected dogs.

Hammondia heydorni
Morphology. Hammondia heydorni is one of the small
coccidia of dogs. Oocysts are nearly spherical, measuring
10 µ to 13 µ in diameter. When sporulated, the oocysts
contain two sporocysts, each with eight sporozoites.

Hosts. Hammondia heydorni has an obligatory two-
host cycle. Dogs and other canines serve as definitive hosts,
while rodents, deer, and other mammalian prey species
serve as intermediate hosts.

Life Cycle. The intestinal stages of H. heydorni are
found at the tips of the villi in the jejunum and ileum26.
Oocysts are shed in the feces of dogs, and are infectious to
rodents. Bradyzoite cysts form in rodent muscles, where
they remain infective, awaiting consumption by a dog.
The digestive process releases the bradyzoites, initiating
infection.

Pathologic Effects and Clinical Disease. Hammon-
dia heydorni is nonpathogenic in dogs. Intestinal infection
in dogs causes little or no clinical signs.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on finding the small oocysts in dog fecal specimens.
There is no approved treatment for the intestinal stages of
H. heydorni. Prevention is by avoiding the feeding of raw
meat to colony dogs. Cleaning kennels daily removes
oocysts from the environment.

Public Health Considerations. Hammondia hey-
dorni does not infect humans.

Hepatozoon americanum
Morphology. Life cycle stages of Hepatozoon americanum
include gamonts and meronts. Gamonts are elongated,
and measure 8 µ to 12 µ long and 5 µ in diameter. Meronts
have a “wheel spoke” arrangement.

Hosts. Dogs and coyotes are the natural hosts of H.
americanum. It is suspected that another wild animal may
be a more typical host of this parasite in the United States.
Hepatozoon americanum is restricted to the Americas, most
prominently the southeastern and south-central United
States27.

Hosts. What was once called Cryptosporidium
parvum appears to actually be a group of morphologically
indistinguishable species with distinct host restrictions.
Thus, C. canis is considered to be restricted to dogs and
other canids21.

Life Cycle. Dogs become infected when they ingest
sporulated oocysts passed in feces. Released sporozoites
penetrate the epithelial cells of the small intestine and
develop in an intracellular, extracytoplasmic location.
There are two schizogonous cycles followed by gameto-
gony and the formation of sporulated oocysts. Infection of
the stomach has also been reported22.

Pathologic Effects and Clinical Signs. Infection is
associated with loss of ability to maintain water balance,
but in most cases, epithelial damage is minimal. Clinical
signs are typically restricted to mild diarrhea, unless the
host is immune-suppressed or has another underlying con-
dition such as viral infection or malignancy23.

Diagnosis. Diagnosis is by identification of minute
oocysts in feces, using a sugar flotation method. Human
antigen detection tests for Cryptosporidium may be used
for the detection of infections in animals. These tests have
been routinely used and standardized in some diagnostic
laboratories specifically for use with different animal hosts
such as dogs and cattle.

Treatment. No drugs are approved for the treatment
of Cryptosporidium sp. Dogs with chronic infections have
been treated with paramomycin with various levels of suc-
cess using a similar dosage regimen as that described for
cats (165 mg/kg of body weight, per os, for five days)24.

Fig. 17.5 Cryptosporidium canis. Oocysts from dog feces as they
appear in a sugar flotation.
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Life Cycle. Dogs become infected through the inges-
tion of the infected hard ticks, such as nymphal or adult
Gulf Coast ticks, Amblyomma maculatum28. Sporozoites
are freed from the tick and initiate infection in the dog.
Meronts develop in muscle cells, though initially, the host
cell is a phagocytic cell located between muscle fibers29. A
large, cystic structure called an “onion skin” cyst consists of
concentric layers of a mucopolysaccharide that are laid
down around this cell. Some meronts remain in the onion-
skin cyst state, while others rupture and release merozoites
that infect leukocytes. Ticks become infected when ingest-
ing blood containing gamonts.

Pathologic Effects. Pathologic changes due to H.
americanum infection may be severe in striated and cardiac
muscle following rupture of mature meronts and formation
of highly vascularized pyogranulomas. Infection is also
often associated with a marked leukocytosis. Parasitemia
may involve as few as 0.1% of circulating leukocytes.

Clinical Disease. Hepatozoon americanum causes a
highly debilitating and often fatal disease. Clinical signs
include fever, generalized pain, muscle atrophy, weakness,
reluctance to rise, and bone proliferative lesions30. There
may be gait abnormalities, stiffness, or recumbency. With-
out treatment, the chronic wasting will usually lead to
death in about 12 months.

Diagnosis. Diagnosis is based on clinical signs, and
on finding the rare gamont in blood smears. Muscle biopsy
and serological testing are also used to assist in diagnosing
this infection.

Treatment. Trimethoprim-sulfadiazine, clindamycin,
and pyrimethamine, given daily for 14 days, is an
approved and effective treatment for eliminating H. amer-
icanum in dogs. However, this only leads to a remission of
clinical signs, typically with relapse in two to six months.
Survival can be increased with long-term decoquinate
treatment31.

Prevention. Prevention consists of tick control,
which is easier than with H. canis, because A. maculatum
does not occur indoors.

Public Health Considerations. Hepatozoon ameri-
canum does not infect humans.

Hepatozoon canis
Morphology. Life cycle stages of Hepatozoon canis are
morphologically similar to those of H. americanum.

Hosts. Dogs are the natural hosts of H. canis, which is
found in Europe, Africa, and Asia, and is more benign
than H. americanum32.
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Life Cycle. The life cycle is essentially similar to that
of H. americanum. In Old World hepatozoonosis, the pri-
mary tick vector is Rhipicephalus sanguineus33. Meront for-
mation occurs in the spleen, bone marrow, and liver.
Gamonts circulate within neutrophils. Ticks become
infected when ingesting blood that contains gamonts.

Pathologic Effects. Meronts can be found in the
spleen, liver, bone marrow, and lymph nodes. Dogs with
heavy infections develop neutrophilia, with nearly all neu-
trophils infected.

Clinical Disease. Hepatozoon canis usually causes no
apparent signs, but fever, emaciation, anemia,
splenomegaly, and death sometimes occur.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding gamonts in peripheral blood smears. Occasion-
ally, the meront stages are identified in biopsies, or in
samples obtained at necropsy. Treatment consists of a course
of imidocarb diproprionate and doxycycline for up to eight
weeks. Infection may be prevented by incorporating a strict
program of tick control34. Random-source dogs may intro-
duce H. canis into the animal facility, but without the ticks,
the infection is very unlikely to be spread between animals.

Public Health Considerations. Hepatozoon canis
does not infect humans.

Isospora (= cystoisospora) canis
Morphology. Isospora canis is the large coccidian of dogs.
The oocyst is broadly ellipsoidal to ovoid and measures 35
µ to 42 µ long by 27 µ to 33 µ wide (Figure 17.6). Sporu-
lated oocysts contain two sporocysts, each of which
encloses two sporozoites.

Fig. 17.6 Isospora (= cystoisospora) canis. Unsporulated oocyst from
dog feces as it appears in a sugar flotation.
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Hosts. Dogs are the only hosts of I. canis in which the
life cycle is completed. Rodents and birds may become
infected, and sporozoites remain encysted and viable in
cells of the intestinal mucosa. These rodents and birds can
serve as transport hosts if they are ingested by dogs, but the
life cycle is not completed in these hosts.

Life Cycle. The life cycle is direct. Dogs become
infected through the ingestion of sporulated oocysts, or
infected rodents or birds35. After infection, asexual reproduc-
tion, followed by sexual reproduction, occurs in the intestinal
mucosa, leading to the formation of oocysts. The prepatent
period is six to nine days, and the patent period can be up to
a month. Dogs can become infected through the ingestion of
rodent or avian paratenic hosts that contain free sporozoites
within various cells after the ingestion of oocysts.

Pathologic Effects and Clinical Disease. Isospora
canis is moderately pathogenic36. Developmental stages are
found in the intestinal lamina propria in the distal third of
the small intestine37. Infection of pups with 50,000 to
80,000 oocysts resulted in clinical signs of coccidiosis by
the eighth to ninth day after inoculation. Pups became
dull and anorectic. As the infection increased in severity,
the feces became watery, and occasionally, bloody. Pups
became weak, anemic, emaciated, and febrile, and drank
excessively. Clinical signs abated after a week.

Diagnosis. Diagnosis is by finding large oocysts in
the feces.

Treatment. Dogs with clinical signs, or those at risk
for severe infection, may be treated with sulfadimethoxine
(55 mg/kg for the duration of the outbreak, but not longer
than three weeks)38. More recently, others have reported
that Toltrazuril (10, 20 or 30 mg/kg of a 5% suspension
for three days) is also effective39. Supportive therapy is
essential in heavily infected pups.

Prevention. Outbreaks can be prevented by removing
feces daily. Dogs that are cesarean derived and maintained
under barrier conditions remain coccidia-free. Coccidial
oocysts are resistant to environmental extremes, and can be
carried into a closed facility on shoes or clothing.

Public Health Considerations. Humans are not sus-
ceptible to infection with I. canis.

Isospora (= cystoisospora) spp.
Morphology. Dogs may be found infected with several
species of small Isospora spp., including I. neorivolta, I.
ohioensis, and I. burrowsi. Oocysts of these species measure
20 µ to 27 µ long by 15 µ to 24 µ wide, and are ellipsoid to
ovoid in shape.
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Hosts. Isospora spp. are common parasites of dogs
throughout the world. A survey of random-source dogs in
the United States showed an overall prevalence of around
5%40. Prevalence rates are lower in well-managed facilities.

Life Cycle. The life cycles of Isospora spp. are essen-
tially similar to those of I. canis. Species differ in particular
life cycle details. For example, I. ohioensis develops in
epithelial cells of the jejunum, ileum, and colon41, while the
intracellular stages of I. neorivolta are found mainly in the
lamina propria cells of the posterior small intestine42, and I.
burrowsi is found in the epithelial or lamina propria cells at
the tips of the villi in the last half of the small intestine43.

Pathologic Effects. Parasite stages that develop
within the mucosa destroy the cells they parasitize. Thus,
disease severity is largely determined by the size of the
inoculum. Inoculation of six puppies with 10,000 oocysts
of I. ohioensis resulted in the death of four of the puppies
12 days after infection39.

Clinical Disease. Infections usually are not associated
with clinical disease. Diarrhea, and occasionally, dysentery,
develop in severe infections, such as occur in crowded con-
ditions.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstration of oocysts in flotation preparations (Fig-
ure 17.7). Specific identification requires either molecular
methods or histological examination of tissues. Treatment
and prevention are as described for I. canis.

Public Health Considerations. Isospora spp. are not
infective to humans.

Fig. 17.7 Isospora(= cystoisospora) ohioensis. Sporulated oocyst from
dog feces as it appears in a sugar flotation.
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Neospora caninum
Morphology. Like Hammondia heydorni, Neospora can-
inum represents one of the small coccidia of dogs. Oocysts
are nearly spherical, and measure 10 µ to 13 µ in diameter.
When sporulated, the oocysts contain two sporocysts, each
with eight sporozoites.

Hosts. Dogs serve as the definitive host. Several mam-
mals, including goats, deer, horses, cattle, and others, serve
as intermediate hosts44.

Life Cycle. Oocysts are shed in the feces of dogs. Fol-
lowing ingestion by susceptible intermediate hosts, tissue
cysts form and remain viable for long periods. Dogs
become infected after consuming hosts bearing cysts.
Transplacental transmission has also been reported44.

Pathologic Effects. Neospora caninum may cause
severe disseminated disease that is often associated with
nonsuppurative meningoencephalomyelitis, myositis,
myocarditis, hepatitis, dermatitis, and pneumonia45.

Clinical Disease. The intestinal infection in dogs
causes little or no signs in those that are shedding oocysts.
Disseminated disease typically presents as progressive
paralysis, which is more severe in the hind limbs. Signs
include hind limb hyperextension, difficulty swallowing,
jaw paralysis, muscle flaccidity, muscle atrophy, and heart
failure44. Skin lesions present as patchy dermatitis with
exudative skin pustules.

Diagnosis. Diagnosis is by finding the rare, small
oocysts in dog fecal specimens. In cases of disseminated
disease with paralysis, it is necessary to use immunologic or
molecular methods to distinguish the organisms from Tox-
oplasma gondii and other potential causes of neurologic
disease46.

Treatment. The response to treatment depends upon
the stage of the disease. A combination of trimethoprim,
sulfadiazine, and pyrimethamine reversed N. caninum-
associated paralysis in some dogs44. Cutaneous neosporosis
has been successfully treated with clindamycin44.

Prevention. Neosporosis may be prevented by avoid-
ing the feeding of uncooked meat. Cleanliness is impor-
tant to remove oocysts from the environment.

Public Health Considerations. Neospora caninum is
not infectious to humans.

Class Piroplasmidia

Babesia canis
Morphology. The only stage of Babesia canis that is pres-
ent in dogs is found within the red blood cells. These are
typically pear-shaped and 4 µ to 5 µ in length, and often
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are found in pairs within erythrocytes (Figures 17.8 and
17.9)18, 49.

Hosts. Dogs and other canids are the natural hosts of
B. canis. Babesia canis is unlikely to be found in colony-
bred dogs, but can be present in random-source dogs.
Reports suggest that the seroprevalence in greyhounds
from the southeastern United States is higher than that of
the general pet population49. An examination of dogs in
California shelters revealed a prevalence rate of 13%50.
Three subspecies of Babesia canis are recognized: Babesia
canis canis, which is found in Europe; B. canis vogeli, which
is found in northern Africa and North America; and B.
canis rossi, which is found in southern Africa51,52.

Life Cycle. Babesia canis canis is transmitted by Derma-
centor reticulatus, B. canis vogeli by Rhipicephalus sanguineus,
and B. canis rossi by Haemophysalis leachi52. Sexual stages
occur in the gut of the tick, and ultimately infective sporo-
zoites are produced that can enter the mouthparts of the tick
and be transferred by tick bite. Transovarial transmission can
occur, and ticks may pass on the organism to offspring over
several generations. In the greyhound, B. canis was found in

Fig. 17.8 Babesia canis in erythrocytes of the dog. Reproduced from
Wenyon, C.M. (1926) with permission.
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11- to 18-day-old puppies, and it was suggested that they
might have been infected transplacentally53.

Pathologic Effects and Clinical Disease. All patho-
logical manifestations are associated with hemolytic anemia
caused by blood loss or autoimmune disease. Mild cases
present with mild anemia, while severe cases present with
an acute hemolytic crisis and life-threatening anemia54.
Complications include acute renal failure, central nervous
system signs, coagulopathies, icterus and hepatopathy,
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hemoglobinuria, immune-mediated hemolytic anemia,
acute respiratory distress, hemoconcentration, and shock.
Some dogs develop peracute signs, including collapsing,
that are accompanied by severe intravascular hemolysis.

Diagnosis. Diagnosis is by detecting the organisms in
blood smears within the erythrocytes along with the clini-
cal signs of anemia. Some commercial laboratories also
offer serologic testing and polymerase chain reaction
assays.

Fig. 17.9 Babesia canis. Reproductive cycle in circulating erythrocyte of the dog. Reproduced from Nuttall, G.H.F. and Graham-Smith, G.S.
(1908) with permission.
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Treatment. Diaminazine aceturate (3.5 mg/kg intra-
muscularly) is the drug of choice for uncomplicated
babesiosis. Imidocarb (6 mg/kg intramuscularly or SQ)
can be used for more complicated cases. Treatments may
have severe side effects54. Trypan blue (10 mg/kg of a 1%
solution IV) will suppress parasitemia, but will not clear
infections. Clindamycin may be a useful drug when used
in immunocompetent dogs55.

Prevention. Prevention is based on tick control. A
vaccine is available in Europe56, but is likely to be useful
only under specific conditions.

Public Health Considerations. Babesia canis does
not infect humans.

Babesia gibsoni
Morphology. Babesia gibsoni is morphologically similar to
B. canis, but the stages in the red blood cells are smaller.

Hosts. Dogs and other canids serve as natural hosts.
Babesia gibsoni may actually represent several different
strains, species, or subspecies57. A Theileria-like form
infects dogs in California, and causes a relapsing form of
infection. In the rest of the United States, the infection is
mainly due to the classic B. gibsoni form common in pit
bulls. In Europe, a B. microti-like species now appears to
occasionally infect dogs. In one study, 3% of shelter dogs
in California were infected with B. gibsoni50.

Life Cycle. The life cycle is similar to that of B. canis.
Tick vectors include Rhipicephalus sanguineus and Haema-
physalis bispinosa54. Interstadial and transovarial transmis-
sion occurs in ticks. Transplacental infection may explain
infection in pups as young as three days of age58.

Pathologic Effects and Clinical Disease. Pathologic
manifestations are associated with chronic or acute hemolytic
anemia59. Infected dogs develop mild to severe anemia. Sur-
viving dogs become asymptomatic carriers. Dogs splenec-
tomized before inoculation are likely to develop a fatal
infection. Infected dogs undergoing splenectomy experience
a worsening of the disease, but usually survive59.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding organisms in blood smears. Dogs intended for
use as blood donors may be splenectomized to reveal latent
infection. Treatment options are as described for B. canis.
However, it is more difficult to eliminate infection with B.
gibsoni because low levels of parasites seem to remain in the
blood. Atovaquone plus azithromycin treatment seems
somewhat more effective in clearing dogs of their infec-
tions than simple treatment with diaminazine aceturate60.
Prevention is achieved through tick control.
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Public Health Considerations. Babesia gibsoni does
not infect humans.

TREMATODES

Family Opisthorchidae

Opisthorchis tenuicollis

Morphology. The morphology of the opisthorchid flukes is
described in Chapter 3, Biology of Trematodes and Leeches.
Adult Opisthorchis tenuicollis measure 7 mm to 18 mm long
by 1.5 mm to 3 mm wide (Figure 17.10)61. The egg of O.
tenuicollis measures 26 µ to 30 µ long by 11 µ to 15 µ wide.

Hosts. The range of definitive hosts includes dogs,
cats, humans, and other fish-eating mammals. Opisthorchis
tenuicollis occurs in North America, Europe, and Asia.

Life Cycle. Eggs passed in the feces hatch when
ingested by a suitable snail. They develop in the snail to the
cercarial stage, escape, and invade the flesh of a suitable
freshwater fish. The endothermal host becomes infected by
eating the fish. Metacercariae are released in the duode-
num and migrate up the bile duct. Egg production occurs

Fig. 17.10 (Left) Opisthorchis tenuicollis. (Right) Clonorchis sinensis.
Reproduced from Lapage, G. (1962)with permission.
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three to four weeks after infection; the complete life cycle
requires about four months.

Pathologic Effects. Opisthorchis tenuicollis infection
may result in catarrhal inflammation and epithelial
desquamation of the bile duct, cirrhosis, and passive con-
gestion of the liver, and rarely, pancreatitis.

Clinical Disease. Clinical signs are usually absent in
mild infections, but the flukes can induce jaundice due to
bile stasis.

Diagnosis. Diagnosis is based on identification of the
eggs in the feces or the adult flukes in the bile duct at
necropsy. The eggs are heavy and best recovered using
sugar flotation or sedimentation procedures. Flukes can be
visualized in dogs via computed tomography62.

Treatment. Praziquantel (50 mg/kg) is the treatment
of choice for infection with Opisthorchis spp. Multiple
treatments may be required63.

Prevention. There is little chance of transmission tak-
ing place in the laboratory. Dogs should not be fed raw
fish.

Public Health Considerations. Dogs infected with
this O. tenuicollis cannot transmit the infection to humans.

Family Schistosomatidae

Heterobilharzia americanum

Morphology. Adult Heterobilharzia americanum live in
the hepatic and mesenteric veins. Adult male flukes mea-
sure up to 2 cm long. Adult females are much thinner than
males, but may be longer, and may be found in the
gynecophoral canal of the male. Eggs are round and spine-
less, measure 88 µ long by 74 µ wide, and are embryonated
when passed64.

Hosts. Natural definitive hosts include the bobcat,
raccoon, nutria, swamp rabbit, opossum, and white-tailed
deer in the southeastern United States. Infection of labora-
tory dogs is unlikely unless random-source dogs from
endemic areas are used. Heterobilharzia americanum is the
only schistosome of domestic animals naturally occurring
in North America.

Life Cycle. The life cycle is indirect. Eggs passed in
the feces hatch spontaneously when deposited in fresh
water. Freshwater snails (Lymnaea cubensis) serve as the
intermediate host. After several weeks, cercariae are shed
into the water, where they penetrate the skin of the defini-
tive host. The larval schistosome makes its ways to the
lungs, before maturing in the mesenteric and hepatic veins
in seven to nine weeks. Eggs passed by the female fluke
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make their way to the intestinal lumen by eroding through
host tissues. Adult worms can live four to 10 years.

Pathologic Effects. The migration of eggs through
host tissues causes severe inflammation and granuloma for-
mation. The bowel wall can become thickened and
inflamed. Some eggs are also carried to the liver, where
they cause the formation of granulomas and hepatic fibro-
sis. In heavy infections, the damage to the liver can be con-
siderable, with marked collagen deposition64.

Clinical Disease. Clinical signs of infection include
diarrhea, dehydration, and anorexia. Chronic infection
may also result in anemia, eosinophilia, hypoalbumine-
mia, edema65, and hypercalcemia66.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on history of geographical exposure, clinical signs,
and the finding of the eggs in the feces. The eggs hatch
spontaneously in fresh water, so if infections are suspected,
initial mixing of the specimen prior to flotation should be
in saline rather than tap water. Effective treatments include
praziquantel (50 mg/kg)64 and fenbendazole (50 mg/kg
daily for 10 days)67. Infection in laboratory dogs is not
likely to occur.

Public Health Considerations. Animal workers are
not at risk of infection in the laboratory setting.

Family Troglotrematidae

Nanophyetus salmincola

Morphology. Adult Nanophyetus salmincola measure only
0.8 mm to 1.1 mm long and 0.3 to 0.5 mm wide (Figure
17.11). The egg is golden brown and has a small operculum
at one end and a short blunt point at the other, and measures
64 µ to 80 µ long by 35 µ to 55 µ wide (Figure 17.12)68.

Hosts. Definitive hosts of N. salmincola include many
fish-eating endothermal animals such as dogs, raccoons,
wild rodents, carnivores, and fish-eating birds. Prevalence
rates may be high among feral animals on the west coast of
North America and in eastern Siberia. Infection in labora-
tory dogs has not been reported.

Life Cycle. Eggs passed in the feces hatch after about
three months. The first intermediate host is an aquatic
snail and the second is a salmonid fish. The mammalian
host is infected by eating the cercarial stages encysted in
the fish. Mature worms develop in the small intestine of
the definitive host in six to seven days.

Pathologic Effects and Clinical Disease.
Nanophyetus salmincola is nonpathogenic in the dog. How-
ever, it is important because it harbors and transmits the
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Paragonimus spp.

Morphology. Adult Paragonimus have brown, plump,
ovoid bodies with spines protruding through the tegu-
ment. They measure 7.5 mm to 12 mm long and 4 mm to
6 mm wide, and are 3.5 mm to 5 mm thick (Figure 17.13).
The oval eggs are golden brown, have a partly flattened
operculum at one end, and measure 80 µ to 118 µ long by
48 µ to 60 µ wide (Figure 17.14)71.

Hosts. Paragonimus kellicotti occurs in the lungs of
dogs, cats, wild carnivores, domestic animals, and rarely
humans in North America, particularly in the Great Lakes
and Mississippi Valley regions. Paragonimus westermanii
occurs in dogs, cats, monkeys, wild carnivores, domestic
animals, and humans in Asia. In addition, minks, skunks,
and wild cats may be infected in endemic areas.

Life Cycle. Eggs in the respiratory passages are
coughed up, swallowed, and passed in the feces. Miracidia
are infective to the first intermediate host, a snail, and then
undergo asexual multiplication. Cercariae leave the snail
and penetrate freshwater crabs or crayfish where they
develop into metacercariae in the hemocoele of the
crustacean. The mammalian host is infected by ingesting
the infected crustacean. Young flukes are released in the

rickettsial agent, Neorickettsia helminthoeca, the cause of
salmon poisoning disease, and a second rickettsial-like
agent that causes Elokomin fluke fever in dogs69. Dogs
with salmon poisoning develop high fever, diarrhea, and
vomiting, and platelet numbers are markedly reduced.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identification of the eggs in the feces or the adult
flukes in the intestine. Eggs can be found in flotations, sed-
imentations, or direct smears. Flukes can be eliminated
with praziquantel (6 to 39 mg/kg intramuscularly or sub-
cutaneously)70. Salmon poisoning disease requires treat-
ment with doxycycline. Infection can be prevented by not
feeding raw fish to dogs, particularly in the Pacific North-
west. Because of the complex life cycle, the infection can-
not be transmitted in the laboratory, and no special control
procedures are required.

Public Health Considerations. Natural infection in
man has been reported. However, because of the complex
life cycle, infected dogs are not a hazard to humans.

Fig. 17.11 Nanophyetus salmincola adult. Courtesy of Marietta Voge,
University of California.

Fig. 17.12 Nanophyetus salmincola egg. Reproduced from Farrell,
R.K. (1968) with permission.
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Treatments for paragonimiasis include fenbendazole (50
mg/kg/day for 14 days) or praziquantel (50 mg/kg/day for
three days)74. Because of the complex nature of the life
cycle, transmission within the animal facility is unlikely.

Public Health Considerations. Paragonimus spp. are
known to infect humans. However, the lack of obligate
intermediate hosts should preclude infection of animal
facility personnel.

CESTODES

Pseudophyllidea

Diphyllobothrium latum

Morphology. The adult worm measures several meters in
length. The scolex is elongated and flat, bears a groove on
each side, and has no hooks. Proglottids are wider than
they are long. Eggs are discharged continuously from the
uterine pore, which is near the middle of the segment (Fig-
ure 17.16). Eggs are light brown and thin-shelled, and
resemble those of trematodes in that they possess a small,
inconspicuous operculum. They measure 59 µ to 71 µ long
by 42 µ to 49 µ wide (Figure 17.17).

Hosts. Diphyllobothrium latum is commonly found in
the small intestine of dogs, cats, wild carnivores, and
humans in areas where certain freshwater fishes, such as
pike, perch, and salmonids, occur. It is most prevalent in

Fig. 17.13 Paragonimus westermani adult. Courtesy of Marietta Voge,
University of California.

Fig. 17.14 Paragonimus kellicotti egg. Reproduced from Herman,
L.H. and Helland, D.R. (1966) with permission.

duodenum, penetrate the intestinal wall, and migrate
through the peritoneal cavity and diaphragm to the lungs,
where they mature in five to six weeks (Figure 17.15).

Pathologic Effects. Gross lesions consist of focal
areas of emphysema and soft, dark red to brown cysts, 2
cm to 3 cm in diameter, distributed throughout the
parenchyma72. Incision of the cysts discloses the flukes,
usually one to three in each cyst. Pleural adhesions some-
times occur. Histology of the lesion reveals hyperplasia of
the bronchial epithelium and submucosal bronchial glands
and focal areas of inflammation surrounding clusters of
fluke eggs in the lung parenchyma.

Clinical Disease. Parasites in the lungs cause cough-
ing, wheezing, moist rales, and progressive emaciation.
Occasionally, young migrating flukes penetrate the pleura
and cause pneumothorax73. This may also occur when a
mature cyst ruptures. Rarely, flukes migrate to ectopic
locations such as the brain or liver, and interfere with
organ function.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating eggs in the feces or adult flukes in the
lungs at necropsy. The eggs are heavy and are best recov-
ered using sugar flotation or sedimentation techniques.
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the Great Lakes region of North America, the Baltic region
of northern Europe, the lake regions of central Europe and
southern Chile, and Japan. Infection may be common in
random-source dogs in endemic areas. It does not occur in
laboratory dogs reared on diets free of raw fish.

Life Cycle. The general life cycle of the pseudophyl-
lidean tapeworms is described in Chapter 4, Biology of
Cestodes. The definitive host is infected by ingesting raw
or improperly cooked fish containing the infective larva
(Figure 17.18). Eggs appear in the feces five to six weeks
after infection.

Pathologic Effects and Clinical Disease. Natural
infection in dogs is usually unapparent, and thus, usually
asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the characteristic eggs in the feces examined fol-
lowing sugar flotation or sedimentation. Care must be
taken to differentiate the eggs from those of the lung fluke
(Paragonimus) and from the other species of Pseudophyl-
lidean tapeworm, Spirometra spp., that infect dogs. Treat-
ment with praziquantel (7.5 mg/kg) is curative75. Infection
is unlikely in the animal facility, and can be prevented by
avoiding the feeding of raw or improperly cooked fish.
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Public Health Considerations. Infected dogs are not
a direct hazard to humans.

Spirometra spp.

Morphology. Spirometra spp. are morphologically similar
to Diphyllobothrium. The major difference is in the shape
of the uterus, which is spiral in Spirometra and rosette-
shaped in Diphyllobothrium. Eggs measure 41 µ by 67 µ
and have an indistinct operculum and an abopercular
bump (Figure 17.19).

Hosts. Spirometra spp. have been reported from dogs,
cats, hyenas, and other carnivores around the world. Preva-
lence rates are high in wild felines and canines. Spirometra
mansoni is common in the Far East and South America,
and S. mansonoides is the species typically reported in
North America.

Life Cycle. The life cycle is typical of the pseudophyl-
lidean tapeworms. Adult worms live in the small intestine,
and eggs are passed in the feces. Copepods of the genus
Cyclops serve as intermediate hosts. Second intermediate
hosts that feed on copepods include frogs, reptiles, birds,
and mammals, but not fish38. The final host is infected
when it eats the infected second intermediate host.

Fig. 17.15 Paragonimus. Diagram of life cycle. Courtesy of Marietta Voge, University of California.
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Pathologic Effects and Clinical Disease. Pathologic
changes are not typically observed in dogs infected with
Spirometra spp. There is usually no clinical disease, in spite of
loss of large quantities of Vitamin B12 to adult tapeworms76.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding characteristic eggs in sugar flotation or sedi-
mentation preparations. The eggs are difficult to distin-
guish from those of Diphyllobothrium, which complicates
diagnosis. Treatment has been successful with praziquantel
(7.5 mg/kg)76. Infections are prevented by prohibiting
access to paratenic hosts.

Public Health Considerations. Infected laboratory
dogs are not a direct hazard to humans.

Cyclophyllidea

Dipylidium caninum

Morphology. Adult Dipylidium caninum are often 20 cm
or more in length, but may be much shorter when large
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numbers are present. Gravid proglottids are elongated,
barrel-shaped, and filled with egg capsules (Figure 17.20).
Each capsule contains three to 20 eggs (Figure 17.21).
Individual eggs are spherical to oval and measure 31 µ to
50 µ long by 27 µ to 48 µ wide, with the size varying
inversely with the number present in a capsule. When
passed in the feces, gravid proglottids are white to pink and
8 mm to 12 mm long by 2 mm to 3 mm wide. They move
about vigorously, expelling egg capsules and eggs.

Hosts. Dipylidium caninum occurs in the small intes-
tine of dogs, cats, some wild carnivores, and rarely, humans
(usually children) throughout the world. In fact, D. can-
inum may be the most common parasite of the dog,
though increased use of highly effective flea products have
markedly reduced its prevalence.

Life Cycle. The life cycle is indirect, and involves a
flea intermediate host77. The dog louse (Trichodectes canis)
and the human flea (Pulex irritans) may also serve as inter-
mediate hosts (Figure 17.22). Dogs become infected by
ingestion of the flea or louse. Development to the adult
stage requires two to four weeks38.

Pathologic Effects. Pathologic changes are limited to
small intestinal mucosal lesions associated with insertion
of the cestode rostellum. The worms move about through-
out the day, so mucosal lesions may be numerous. Heavy
infections may result in hemorrhagic enteritis.

Fig. 17.16 Diphyllobothrium latum, mature proglottids. Note centrally
located, coiled uterus. Courtesy of Marietta Voge, University of California.

Fig. 17.17 Diphyllobothrium latum, embryonated egg. Note faint,
inconspicuous operculum (top). Courtesy of Marietta Voge, University
of California.
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Clinical Disease. Infections are usually asympto-
matic. Occasionally, heavy infections result in weakness,
emaciation, vomiting, diarrhea, increased appetite, and
convulsions. Heavily infected puppies may become
impacted.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying gravid proglottids or egg capsules in the
feces or perianal region. Infections may be cleared with
praziquantel as per label instructions78. Elimination of
fleas and lice from research animals prevents the comple-
tion of the life cycle and establishment of infection in labo-
ratory colonies.

Public Health Considerations. Dipylidium caninum
infection is uncommon in man and occurs only by acci-
dental ingestion of an infected flea or louse.

Echinococcus granulosus

Morphology. Adult Echinococcus granulosus worms measure
2 mm to 9 mm long and have only three to four proglottids
(Figure 17.23). The scolex bears a rostellum with hooks.
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The eggs are ovoid, 32 µ to 36 µ long by 25 µ to 30 µ wide,
and are indistinguishable from those of Taenia.

Hosts. Echinococcus granulosus occurs in the small
intestine of dogs and wild canids. Larval stages are found in
the liver, lungs, and peritoneal cavity of herbivores; and less
commonly, in rabbits, rodents, dogs, cats, and primates,
including humans79. The parasite is found throughout the
world, particularly in areas where sheep are raised. It is most
common in eastern and southern Europe, the Near East,
southern South America, South Africa, southern Australia,
New Zealand, and central Asia. There are small foci of the
infection in the western United States.

Life Cycle. The life cycle is similar to that of T. pisi-
formis. Dogs become infected by ingestion of hydatid cysts
in the viscera of the intermediate host. Each scolex devel-
ops into an adult worm. The prepatent period is about 56
days.

Pathologic Effects and Clinical Disease. Infection
of dogs with E. granulosus is not associated with pathologic
changes. Thus, there are no clinical signs of infection.

Fig. 17.18 Diphyllobothrium latum. Diagram of life cycle. Courtesy of Marietta Voge, University of California.
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Diagnosis, Treatment, and Prevention. Diagnosis is
by recognition of the small worms or gravid segments in
the feces. The eggs cannot be differentiated from those of
Taenia. Treatment is as described for Taenia sp. In areas
where E. granulosus is endemic, newly acquired random-
source dogs should be examined for Taenia eggs. If found,
these dogs must be considered biohazardous, dewormed,
and all fecal matter disposed of as biohazardous waste.

Public Health Considerations. The accidental inges-
tion of E. granulosus eggs from dog feces causes echinococ-
cosis, or hydatid disease, in man79. This is a potentially
life-threatening disease. Animal workers should be
informed of the possible hazard and instructed in proper
personal hygiene.

Taenia pisiformis

Morphology. Adult Taenia pisiformis measure up to 20 cm
in length. The scolex bears a rostellum with two crowns of
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hooks (Figure 17.24). Proximal segments are wider than
they are long, mature segments almost square, and gravid
segments are longer than they are wide. Gravid proglottids
are white to cream colored, measure 8 mm to 11 mm long
by 4 mm to 5 mm wide, and contain a uterus that has
eight to 14 branches on each side of the medium stem
(Figure 17.25). Eggs are typically taeniid, dark brown,
spherical to subspherical, and 34 µ to 41 µ by 29 µ to 35 µ
(Figure 17.26). The metacestode stage is described in
Chapter 15, Parasites of Rabbits.

Hosts. Taenia pisiformis occurs in dogs throughout
the world. Larval stages occur in lagomorphs and wild

Fig. 17.19 Spirometra mansonoides. Egg passed in dog feces.

Fig. 17.20 Dipylidium caninum, gravid proglottid. Courtesy of Mari-
etta Voge, University of California.
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rodents. Infection is unlikely in laboratory animals, but
may occur in random-source dogs.

Life Cycle. Dogs become infected after consuming
lagomorph or rodent intermediate hosts. The wall of the
cysticercus is digested away, freeing the larval cestode
within. The worms grow to maturity in the small intestine
in about two months, and gravid proglottids and eggs are
passed in the feces.

Pathologic Effects and Clinical Disease. There are
few pathologic effects associated with the presence of tape-
worms in the canine small intestine38. Lesions form at the
sites of small intestinal mucosal attachment. Light infec-
tions in the dogs are usually unapparent, whereas heavy
infections may cause abdominal discomfort and enteritis.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs and proglottids in the feces. Dogs should
be treated with praziquantel as per the labeled dose. Newly
acquired dogs should be examined and treated if infected.

Public Health Considerations. This tapeworm is
not known to infect humans.

Taenia serialis

Morphology. The adult worm is up to 70 cm long and 3
mm to 5 mm wide38. Scolices and proglottids are morpho-
logically similar to T. pisiformis. Eggs measure 31 µ to 34 µ
long by 27 µ to 30 µ wide.Fig. 17.21 Dipylidium egg capsule with eggs. Courtesy of Technical

Sergeant R.R. Estes, U.S. Air Force School of Aerospace Medicine.

Fig. 17.22 Dipylidium caninum, diagram of life cycle. Courtesy of Marietta Voge, University of California.
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Public Health Considerations. Humans may
develop coenuri if infected with T. serialis. Thus, feces
from infected dogs should be handled with caution, and
laboratory personnel should be instructed in proper per-
sonal hygiene.

LEECHES

Limnatis nilotica

Morphology. This leech measures 8 cm to 15 cm long and
1 cm to 1.5 cm wide (Figure 17.27)80. It is green or brown
on the ventral surface, with narrow orange stripes along
the body ridges.

Hosts. Natural hosts include dogs, horses, other
domestic animals, and humans in southern and central
Europe, North Africa, and southwestern Asia. It is unlikely
to occur in the laboratory except in random-source dogs.

Life Cycle. Leeches, like other members of the class
Hirudinea, are hermaphroditic. The eggs are laid in
cocoons and are characteristically attached to some object
at the surface of a pond. Young leeches remain at the sur-
face of the water following hatching. Infection of an
endothermal host occurs while drinking. The young leech

Hosts and Life Cycle. Adult T. serialis occur in the
small intestine of dogs and foxes38. Lagomorphs serve as
natural intermediate hosts. The portion of the life cycle
that occurs in the dog is similar to that of T. pisiformis.

Pathologic Effects and Clinical Disease. Pathologic
changes are similar to those induced by T. pisiformis. Thus,
infection of the dog is usually unapparent, though heavy
infections may cause abdominal discomfort and enteritis.

Diagnosis, Treatment, and Prevention. These
aspects are as described for T. pisiformis.

Fig. 17.23 Echinococcus granulosus adult. Courtesy of Marietta Voge,
University of California.

Fig. 17.24 Taenia pisiformis scolex. Courtesy of Marietta Voge, Uni-
versity of California.
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enters either the nose or the mouth, attaches to the mucosa
of the upper respiratory tract, sucks blood for days or
weeks, grows, detaches, and drops out through the nostrils.
Adults are not parasitic.

Pathologic Effects and Clinical Disease. Attach-
ment and feeding may result in edema of the glottis, dysp-
nea, and death from asphyxiation. Signs of infection
include bleeding, or blood-tinged froth from the nose or
mouth.

Diagnosis, Treatment, and Prevention. Diagnosis is
by clinical signs and observation of the attached leech.
Leeches rapidly detach when exposed to table salt. Newly
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acquired dogs from endemic areas should be examined on
arrival.

Public Health Considerations. Although this leech
readily feeds upon humans81, exposure under laboratory
conditions is unlikely.

NEMATODES

Superfamily Rhabditoidea

Rhabditis strongyloides

Morphology. Rhabditis strongyloides larvae measure
roughly 600 µ long. Characteristics of the order Rhabdi-
tida are described in Chapter 5, Biology of Nematodes and
Acanthocephalans.

Hosts. Rhabditis strongyloides are free-living worms
that live in manure or other decaying matter. However,
third-stage larvae are capable of invading the follicles of the
skin of dogs and other mammals maintained on unclean or
moist bedding.

Life Cycle. The life cycle is direct. Dogs become
infected by exposure to third-stage larvae in soiled bedding.
Development to the adult stage does not occur on dogs.

Pathologic Effects and Clinical Disease. Infection
results in localized dermatitis, which ranges in severity
from mild erythema to severe pustular dermatitis. Clinical
signs may include pruritus, alopecia, and crusting82.

Diagnosis, Treatment, and Prevention. Diagnosis is
by skin scraping, which often reveals large numbers of lar-
vae. Larvae may also be cultured on agar plates. Affected

Fig. 17.25 Taenia pisiformis, gravid proglottid. Courtesy of Marietta
Voge, University of California.

Fig. 17.26 Taenia pisiformis egg.
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dogs should be shampoo and moved to clean and dry bed-
ding. In some cases, dogs have been treated with iver-
mectin83. Dogs should be housed under clean, dry
conditions.

Public Health Considerations. Humans are suscep-
tible to Rhabditis dermatitis. However, such infections
should not occur in the animal facility among personnel
practicing personal hygiene.

Strongyloides stercoralis

Morphology. Adult female worms measure 2 mm to 5
mm long and 50 µ in diameter. The esophagus of the
parthenogenetic female is about one-half of the total body
length. The vulva of the female is near midbody, and the
didelphic uterus has one branch that extends anteriorly
and one branch that extends posteriorly. The ovaries fold
back on the uterus but do not wrap around the uterus in a
coiled fashion, as they do in other species such as S. fuelle-
borni. Parasitic males have not been found.

Hosts. Natural hosts of S. stercoralis include dogs and
humans. Adult worms inhabit the small intestine.

Life Cycle. Dogs become infected through skin pene-
tration by infective larvae (Figure 17.28)84. Larvae are car-
ried to the lungs, coughed up, swallowed, and mature in
the small intestine85. Eggs usually hatch in the intestine, so
that first-stage larvae are released in the feces. The
prepatent period is about two weeks. Larvae acquired from
the skin can migrate into the mammary tissue and be
passed to pups during nursing86. This route of infection is
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more common when the bitch is infected just prior to, or
during, lactation87.

Pathologic Effects and Clinical Disease. Most
infections with S. stercoralis are nonpathogenic. In heavy
infections, the intestinal mucosa may contain thousands of
worms threaded through the mucosa, resulting in exten-
sive loss of intestinal surface. Migrating larvae may also
damage lungs and other organs. Immune-compromised
dogs may develop heavy infections in ectopic sites88. Most
cases of canine infections with this worm are unapparent.
Heavy infections of pups may cause mucoid diarrhea.

Diagnosis. Diagnosis is by finding larvae in the feces
using the Baermann funnel technique or zinc-sulfate flota-
tion. Larvae of S. stercoralis may be distinguished from
those of hookworms by the size of the genital rudiment
just posterior to midbody. In S. stercoralis, the structure is
longer than the larva is wide38.

Treatment. Ivermectin administration (200 µg/kg
repeated in one week) has successfully cleared dogs of
S. stercoralis89. All dogs in the facility should be treated
simultaneously.

Prevention. Sanitation and management are the pri-
mary methods of control. Because first-stage larvae passed in
the feces can develop into third-stage larvae within 48 hours,
it is important that feces be removed daily and that food and
water be kept free of contamination. Particular care must be
taken to prevent the free-living stages from breeding in ken-
nels, runs, or cages. Because moisture is essential to the sur-
vival of larvae, keeping surfaces dry greatly aids in
controlling this parasite. Newly acquired dogs should be
examined on arrival and treated if infected. Puppies should
be examined to detect transmammary transmission.

Public Health Considerations. Strongyloides sterco-
ralis is pathogenic for humans. An animal caretaker
acquired the infection from dogs under his care in at least
one case90. Animal care personnel should be made
aware of this hazard and instructed in proper personal
hygiene and safe methods of handling infected animals
and excrement.

Superfamily Ascaridoidea

Toxascaris leonina

Morphology. Adult Toxascaris leonina are morphologically
similar to T. canis38. They are differentiated from T. canis
by their straight heads, conical tails lacking a protuber-
ance, and heavy, wingless spicules in the male. Male worms
measure 2 cm to 7 cm long, and females measure 2 mm to

Fig. 17.27 Limnatus nilotica. Reproduced from Faust, E.C., Beaver,
P.C., and Jung, R.C. (1968) with permission.
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10 mm long. Eggs are smooth, with a nonpitted shell, and
the zygote is lighter in color than that of T. canis. Eggs
measure 75 µ to 85 µ long by 60 µ to 75 µ wide.

Hosts. Natural hosts of T. leonina include wild and
domestic canines and felines. Random-source dogs are occa-
sionally infected with T. leonina, but less commonly than
with T. canis40. Toxascaris leonina is uncommon in animal
facilities that practice good management and sanitation91.
Neither transplacental or transmammary transmission occur.
Thus, the infection is not easily maintained within colonies.
Rodents and other mammals may serve as paratenic hosts92.

Life Cycle. Eggs passed in the feces embryonate in
three to six days93. Infection occurs either by ingestion of
embryonated eggs or larvae in the musculature of
paratenic hosts. Larvae develop in the wall of the intestine
and return to the lumen to mature. The prepatent period is
about 74 days. Toxascaris leonina does not migrate beyond
the intestinal mucosa in the dog.

Pathologic Effects and Clinical Disease. Toxascaris
leonina causes little pathology in dogs; thus, they typically
do not develop clinical signs.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the eggs in the feces or identifying the worms
passed in stools. The eggs are easily distinguished from
those of T. canis because the external covering of the egg is
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smooth and the contained zygote is lighter in color than
that of T. canis (Figure 17.29). Numerous products are
approved for treatment of the T. leonina infection, includ-
ing pyrantel pamoate, fenbendazole, and milbemycin
oxime. Drug dosages may be found in the Appendix. Fre-
quent removal of feces, good sanitation, treatment of
infected dogs, and exclusion of paratenic hosts are the pri-
mary methods of prevention.

Public Health Considerations. Animal workers
should exercise personal hygiene when working with dogs
infected with T. leonina.

Toxocara canis

Morphology. Adult Toxocara canis are large, cream-col-
ored worms that are curved ventrally at the anterior end
and have narrow cervical alae (Figure 17.30). Males mea-
sure 4 cm to 10 cm long and have narrow, digitiform, ter-
minal appendages, caudal alae, and winged spicules. The
females measure 50 cm to 180 cm long with the vulva in
the anterior quarter of the body. Eggs are subglobular to
oval, measure 85 µ by 75 µ, and have a pitted surface38

(Figure 17.29).
Hosts. Toxocara canis is one of the most common

ascarid parasites of dogs throughout the world96–97. Infec-
tions are uncommon in laboratory colonies or kennels

Fig. 17.28 Strongyloides stercoralis life cycle. The indirect cycle includes four rhabditiform stages (B), an adult male (C), or female (D), whose eggs
hatch and pass through two rhabditiform stages and a filariform stage (E), to form the parthenogenetic female adult (A). The direct cycle does not
pass through a free-living adult stage but passes through two rhabditiform stages (B), and a filariform stage (E), to form the parthenogenetic parasitic
female adult (A). Reproduced from Chandler, A.C. and Read, C.P. (1961) with permission.
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which practice good management and sanitation. Wild
rodents, such as ground squirrels, serve as paratenic hosts.
Larvae may be found in many vertebrate animals98–99.

Life Cycle. Dogs often become infected in
utero100–101. Pups less than three to five weeks old may also
become infected by ingesting embryonated eggs. Adult
dogs can also be infected by the ingestion of eggs, but these
infections are light. Larvae undergo hepatotracheal migra-
tion and mature in the small intestine. Somatic larvae are
activated during pregnancy, apparently by hormonal influ-
ence, and migrate to the fetus. Third-stage and fourth-
stage larvae are found in the lungs, stomach, and intestine
during the first postnatal week, and adults appear in the
intestine by the end of the third week. Eggs appear in the
feces as early as 23 days after parturition102. Rodents
become infected by ingesting embryonated eggs. Larvae
persist in the body without further development, and are
infective to dogs if ingested.

Pathologic Effects. Dogs infected prenatally develop
pulmonary lesions. Light infections result in mild
petechial hemorrhaging, while heavy infections may cause
pneumonia. Mature worms may be found in the stomach,
bile duct, and peritoneal cavity. Heavily infected dogs can
develop mucoid enteritis and intestinal impaction. Often
the migrating larvae are arrested in the tissues, and granu-
lomas form around them (Figure 17.31).

Clinical Disease. Clinical signs are only observed in
young dogs105. Early signs include coughing and nasal dis-
charge that usually subsides after about three weeks. Heavy
infections frequently cause vomiting, anorexia, abdominal
distension, mucoid diarrhea, debilitation, reduced growth
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rate, allergic pruritus, and a characteristic foul oral odor.
Less common signs include epileptiform seizures and
death. Gut penetration by larvae can cause severe anemia
as a prelude to death in pups. Adult dogs typically show no
clinical signs.

Diagnosis. Diagnosis is by demonstrating eggs in the
feces, worms in the intestine, or granulomatous lesions in
tissues.

Treatment. Many products are approved for treating
toxocariasis, including pyrantel pamoate, fenbendazole,
and milbemycin oxime. Intrauterine infection can be min-
imized by the administering ivermectin or doramectin to
the pregnant bitch106. In contrast, selamectin administered
during pregnancy initially appeared effective, but it has
not proven to be effective107.

Prevention. Intrauterine transmission complicates
efforts to prevent infection, making the condition difficult to
control. Sanitation and frequent examination and treatment
will usually prevent heavy infections and reduce the overall
parasite burden. In many colonies, all dogs, including adults,
are routinely dewormed, and females are treated with iver-
mectin before, during, and after pregnancy. Newly acquired
dogs should be examined on arrival and treated if infected.

Public Health Considerations. Toxocara canis causes
visceral larva migrans in humans108. Animal workers
should handle infected animals and their excreta with cau-
tion. Infected dogs should be treated with anthelmintics to
eliminate adult worms. Eggs require roughly two weeks to
embryonate, and can remain infective for several years.
Thus, routine cleaning of the facility and the use of runs
with sealed floors reduce environmental contamination.

Superfamily Strongyloidea

Ancylostoma caninum

Morphology. Adult male Ancylostoma caninum measure 9
mm to 12 mm long, and females measure 15 mm to 18
mm long. Adults possess a subglobular buccal cavity with
three well-developed teeth on each side38. The egg is ellip-
soidal, thin-shelled, and measures 55 µ to 72 µ by 34 µ to
45 µ (Figure 17.32). The egg is usually in the two- to
eight-cell stage when passed in the feces.

Hosts. Natural hosts include dogs and other canids
throughout the world, especially in temperate and tropical
zones. It is less common in cold climates. The prevalence of
infection is high in random-source dogs living in endemic
areas40. Infections are less common in well-managed labo-
ratory animal facilities that practice good sanitation.

Fig. 17.29 Canine ascarids eggs. (Left) Toxocara canis. (Right) Toxas-
caris leonina. Reproduced from Ewing, S.A. (1967) with permission.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 532



Fig. 17.30 Ascarids of the dog and cat. Ventral view. (Top) Anterior end. (Bottom) Posterior end of male. (A) Toxocara cati. (B) Toxocara canis. (C)
Toxascaris leonina. Reproduced from Morgan, B.B. and Hawkins, P.A. (1949) with permission.
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Life Cycle. The life cycle is direct. Eggs passed in the
feces hatch in one to two days, and larvae reach the infective
third stage in five to eight days. Desiccation and tempera-
ture extremes delay hatching and are lethal to larvae. Dogs
become infected after ingesting third-stage larvae or through
skin penetration. Ingested larvae develop in the gastroin-
testinal mucosa before maturing in the small intestine in
about two weeks. Larvae penetrating the skin migrate to the
lungs, are coughed up and swallowed, and mature in the
intestine in three to five weeks. Larvae may persist within
the tissues for prolonged periods. In lactating bitches, larvae
undergo transmammary passage to nursing puppies101,102.
Also, some larvae in the tissues make their way back to the
intestine and resume development. This may occur in dogs
previously cleared of adult worms. Dogs also may become
infected through ingestion of paratenic hosts.

Pathologic Effects. Anemia and hypoproteinemia are
common outcomes of hookworm infection. The primary
lesion found is the small intestinal bleeding ulcer produced by
the feeding activity of the adult worms (Figure 17.33). Focal
pulmonary hemorrhages caused by migrating larvae also
occur. Up to 0.2 ml of blood per worm per day may be lost.

Clinical Disease. Clinical signs caused by hookworm
infection are associated with anemia. In young pups, espe-
cially those infected by the transmammary route, signs
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include mucosal pallor, diarrhea, weakness, progressive
emaciation, cardiac failure, and death. Mature animals on
an adequate diet often have no signs of infection other
than mild hypochromic anemia, but heavily infected
young animals, especially those infected by the transmam-
mary route, develop more severe signs109. Less frequent
signs include dermatitis and pruritus due to larval skin
penetration in older, sensitized dogs and coughing and
dyspnea due to larval migration in younger dogs.

Diagnosis. Diagnosis is by demonstrating eggs in the
feces or mature worms in the intestine at necropsy.

Treatment. Numerous products are labeled to treat
infections with the adult worms, including pyrantel
pamoate, fenbendazole, and milbemycin oxime. Aver-
mectins are most efficacious at preventing transmammary
infections. Treatment of the bitch with ivermectin,
doramectin, or moxidectin five to six days before whelping
will either abrogate or markedly reduce infections of pup-
pies receiving milk from their mother110–112.

Prevention. Hookworm control is achieved by
daily sanitation, elimination of harborage, provision of
well-drained and sealed concrete runs, and regular treat-
ment of infected animals. Bitches may transmit larvae to
pups while nursing, though her feces remains negative by
floatation. Newly acquired random-source dogs are likely
to be infected and so should be checked and treated. Pups
born from infected bitches should be tested for infection.

Fig. 17.31 Granuloma in the kidney of a dog with Toxocara canis
larva in the center. Reproduced from Nobel, W.E.L., Robben, S.R.M.,
Dopfer, D., Hendrikx, W.M.L., Boersema, J.H., Fransen, F., et al.
(2004) with permission.

Fig. 17.32 Ancylostoma caninum egg. Reproduced from Ewing, S.A.
(1967) with permission.
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Public Health Considerations. Hookworm larvae
are capable of penetrating the skin of people. Animal care
personnel should exercise proper personal hygiene and safe
methods of handling infected animals and excrement.

Uncinaria stenocephala

Morphology. Adult male Uncinaria stenocephala measure
5 mm to 8 mm long, and adult females measure 7 mm to
12 mm long. Uncinaria stenocephala differs from Ancy-
lostoma in that U. stenocephala has a pair of cutting plates
at the ventral border of the buccal cavity instead of teeth
(Figure 17.34). Eggs measure 71 µ to 93 µ long by 37 µ to
55 µ wide (Figure 17.35).

Hosts. Uncinaria stenocephala occurs in the small
intestine of dogs, cats, and foxes113,114 in temperate zones
throughout the world. It is most common in the northern
United States, Canada, and Europe, and it is the only
hookworm of importance in the British Isles. It is fre-
quently seen in random-source dogs, and, to a lesser
extent, in random-source cats in Europe. (The author has
not seen this parasite in cats in the United States.) It is
uncommon or absent in dogs and cats reared in the labora-
tory or in clean, well-managed kennels.

Life Cycle. The life cycle of U. stenocephala is similar
to those of other hookworms115,116. Dogs are most com-
monly infected via the oral route. Adult worms are found
in the small intestine. The prepatent period is 13 to 21
days. Following percutaneous infection, larvae migrate to
the lungs and then return to the intestine via the tracheal
route. Larvae can persist in the musculature of mice
infected orally or through skin penetration. Uncinaria
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stenocephala does not infect puppies via either transplacen-
tal or transmammary passage117.

Pathologic Effects. Uncinaria stenocephala causes
minimal damage to the intestine. Pathology is limited to
petechial hemorrhages115. Skin penetration results in local
dermatitis. Pulmonary larvae are likewise surrounded by
focal areas of inflammation.

Clinical Disease. There is little to no clinical disease
associated with this infection. Blood loss appears to be
minimal in association with this infection, but experimen-
tally infected greyhounds developed protein-losing
enteropathy and suboptimum growth118.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in the feces or by the recovery of the worms
at necropsy. Adult worms may be cleared with pyrantel
pamoate or fenbendazole. Regular removal of feces and
routine cage cleaning can prevent the transmission of this
parasite. Dogs that are found to be infected should be
treated.

Public Health Considerations. Uncinaria steno-
cephala is not considered to be a cause of cutaneous larva
migrans in humans.

Superfamily Metastrongyloidea

Filaroides hirthi

Morphology. First-stage larval Filaroides hirthi passed in
the feces measure 240 µ to 290 µ long (Figure 17.36). The

Fig. 17.33 Ancylostoma caninum. Adult worms attached to the small
intestinal mucosa of a dog.

Fig. 17.34 Uncinaria stenocephala. Dorsal view of the anterior end.
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esophagus measures 95 µ to 110 µ long. Larvae have a con-
striction and a kink just proximal to the end of the tail, and
are virtually indistinguishable from those of F. osleri. They
may be distinguished from other lung worm larvae because
the first-stage larvae of Filaroides sp. lack the caudal spine
present on the tail of larval Angiostrongylus sp. They also
have rounded anterior ends that differentiate them from
larval Crenosoma vulpis, which has a conical anterior end
and a tail that ends in a sharp point without a constric-
tion119. Adult F. hirthi are difficult to dissect out of fresh
lung tissue120. However, in the adult male F. hirthi, the
spicules are short and stout, and the cuticle appears
inflated, but a bursa is not readily apparent. The vulva of
the female is just anterior to the anus, and the uterus con-
tains embryonated eggs.

Hosts. Filaroides hirthi inhabits the lung parenchyma
of dogs and other canids (Figure 17.37). Dogs in research
animal facilities have been found to be infected121.

Life Cycle. The life cycle is direct, and is similar to
that of F. osleri122,123. Ingested larvae arrive in the lungs
within six hours via the hepatic portal circulation or
mesenteric lymphatics. Larvae appear in the feces within
five weeks of infection.

Pathologic Effects and Clinical Disease. Worms in
lung parenchyma cause focal granulomatous reactions in the
alveoli and bronchioles. Mild infections may be asympto-
matic. Heavy infections cause dyspnea, coughing, and other
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signs of respiratory distress, and may lead to radiographic
changes124. Fatal cases of hyperinfection may develop in
severely stressed and immunodeficient animals125,126.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the larvae in the feces using a zinc-sulfate flota-
tion. Larval F. hirthi are poorly motile, so the Baermann
technique is less useful. Bronchoscopy can be used to dis-
tinguish infection with F. hirthi from that of F. osleri.

Eradication of infection is difficult. Ivermectin, alben-
dazole, and others are among the drugs that have been
used127,128. Cesarean derivation followed by barrier hous-
ing may be used to produce Filaroides hirthi-free dogs.
Alternatively, treatment of dogs with albendazole (25
mg/kg/day for five days, repeated in four weeks) reduced
the prevalence of infection in two kennels from 65% to
0.2% and 100% to 24%, respectively127.

Public Health Considerations. Filaroides hirthi does
not infect humans.

Filaroides osleri

Morphology. The male Filaroides osleri (Syn. Oslerus osleri)
measures 5.6 mm to 7 mm long, and the female measures
10 mm to 13.5 mm long. Morphology is typical of the
superfamily, and is described in Chapter 5, Biology of Nema-
todes and Acanthocephalans. In the male, the spicules are
slightly unequal. In the female, the uterus extends anteri-
orly to the esophagus and is filled with embryonated eggs

Fig. 17.35 Eggs of Uncinaria (left) and Ancylostoma (right). Fig. 17.36 Filaroides hirthi. First-stage larva.
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which measure 80 µ long by 50 µ wide. Larvae of F. osleri
and F. hirthi are similar, and measure 300 µ long (Figure
17.38)128, 129.

Hosts. Dogs and other canids throughout the world are
the natural definitive hosts of F. osleri130–133. Thus, random-
source dogs purchased for research may arrive infected134.

Life Cycle. The life cycle is direct135. The first-stage
larvae passed in the feces or in saliva are directly infective.
Thus, infection follows the ingestion of relatively fresh
feces, vomitus, or respiratory secretions. The prepatent
period is six to seven months.

Pathologic Effects. Infection with F. osleri produces
hemorrhagic or gray-white, granular, submucosal, wart-
like nodules in the trachea and bronchi (Figure 17.39).
These commonly occur at the bifurcation of the trachea,
and may be observed two months after infection. Nodules
may reach 18 mm in diameter. The coiled worms may be
grossly visible within the nodules.

Clinical Disease. The principal clinical sign of infec-
tion is spasmodic dry cough brought on by exercise or
exposure to cold air. Attacks are not induced by pressure
upon the larynx. Young dogs are most severely affected and
also develop respiratory distress, anorexia, and emaciation.

Diagnosis. The lesions observed by bronchoscope
are pathognomonic. The infection can also be diagnosed
by finding the larvae in fecal flotation using zinc-sulfate
centrifugation38.

Treatment. The infection can become endemic in
breeding colonies and resist efforts to remove it from a
colony. Anthelmintics used with mixed success include
doramectin, ivermectin, albendazole, thiabendazole, and
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others136,137. Parasite-free dogs may be derived by cesarean
section, and raised in isolation from their dam and the rest
of the colony. Some have recommended the removal of as
many lesions as possible using an endoscope, followed by
long-term anthelmintic treatment.

Prevention. Prevention requires cesarean derivation
and barrier housing of Filaroides osleri-free pups. Random-
source dogs from endemic areas should be examined and if
found to be infected, treated or culled prior to incorpora-
tion into the breeding program134,138.

Public Health Considerations. Filaroides osleri does
not infect humans.

Superfamily Spiruroidea

Spirocerca lupi

Morphology. Adult Spirocerca lupi are bright red and usu-
ally coiled. Adult males measure 3 cm to 5.4 cm long, and
females measure 5.4 cm to 8 cm long. The egg measures
30 µ to 37 µ long by 11 µ to 15 µ wide, has a thick shell,

Fig. 17.37 Filaroides hirthi. Histologic section through adult females
in lung of infected dog.

Fig. 17.38 Filaroides osleri. (A) Anterior end of adult female. Note
embryonated eggs in the uterus. (B) First-stage larva. Reproduced from
Mills, J.H.L. and Nielsen, S.W. (1966) with permission.
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remain infective. Suitable paratenic hosts include many
amphibians, reptiles, birds, and small mammals. Larvae
ingested by the final host penetrate the stomach, migrate
in the walls of the gastric artery to the aorta, and then pass

and usually contains a larva when passed in the feces
(Figure 17.40)139.

Hosts. Natural hosts include dogs and other canids,
and large exotic cats, but not domestic cats. Spirocerca lupi
occurs in tropical and subtropical regions of the world. It
occurs in the southern United States, but is rare in the
northern United States and does not occur in the British
Isles. It may also be found in Africa, India, and in peninsu-
lar Malaysia140–143. Random-source dogs from endemic
areas may be infected upon arrival at the animal facility. It
does not occur in dogs raised in the laboratory, in kennels
with good management and sanitation, or in cesarean-
derived colonies.

Life Cycle. The life cycle is indirect. Adult S. lupi
inhabit the wall of the esophagus or stomach (Figure
17.41). Eggs are excreted through a small opening in the
infected tissue and are voided in the feces. Coprophagous
beetles are the normal intermediate hosts, although cock-
roaches and many other insects have been infected experi-
mentally. Following ingestion, eggs hatch and release
larvae which encyst in the insect and are directly infective
to the final host. If the insect is ingested by a paratenic
host, larvae encyst in the mesentery or other tissue and

Fig. 17.39 Filaroides osleri lesions in the trachea of a dog. Reproduced
from Mills, J.H.L. and Nielsen, S.W. (1966) with permission.

Fig. 17.40 Spirocerca lupi eggs. Reproduced from Bailey, W.S. (1963)
with permission.

Fig. 17.41 Spirocerca lupi in the dog. Cross section of nodule in
esophageal wall. Note adult worms. Reproduced from Bailey, W.S.
(1963) with permission.
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through the connective tissue to the wall of the esophagus.
The prepatent period is five to six months.

Pathologic Effects. Adult worms usually develop in
the wall of the esophagus, but sometimes occur in the
stomach, aorta, lungs, and other tissues144,145. S. lupi
causes granulomatous inflammation and tumor-like nod-
ules in these locations145. In addition to the worm, nodules
may contain purulent, hemorrhagic fluid. Nodules in the
aortic wall may result in aneurysm formation. These may
rupture, causing fatal hemorrhage146. Malignant tumors
often develop at the site of the nodules, either in the lumen
of the esophagus or on the exterior wall141,145,147. Compli-
cations of tumor formation include pulmonary metastasis
and hypertrophic pulmonary osteoarthropathy148.

Clinical Disease. The scope and severity of clinical
signs depend on nodule size. Small nodules are asympto-
matic, whereas large pedunculated masses cause dyspnea
and difficulty swallowing149. Vomiting may also occur.

Diagnosis. Diagnosis at necropsy is based on demon-
strating worms within characteristic nodules. Lesions lack-
ing worms are common in dogs in endemic areas, and are
presumptive evidence of spirocercosis. Antemortem diag-
nosis is based on clinical signs, gastroscopic or radiological
examination, or identification of eggs in the feces. Care
must be taken to differentiate eggs of S. lupi from those of
Physaloptera sp., which are similar. Sugar flotation is the
best method for egg detection150.

Treatment. Ivermectin or doramectin are effective
treatments151,152. In addition, doramectin may prevent
infection when administered at 30-day intervals153.

Prevention. Because the life cycle is indirect, infec-
tion is unlikely in a research facility that practices good
management and sanitation. Newly acquired animals with
signs of infection or eggs in the feces should be treated.

Public Health Considerations. Spirocerca lupi does
not infect humans.

Superfamily Filaroidea

Dipetalonema reconditum

Morphology. Adult Dipetalonema reconditum are small.
Males measure 11.5 mm to 15 mm long and females mea-
sure 17.5 mm to 32 mm long. The microfilariae are super-
ficially similar to those of D. immitis. The presence of a
curved tail is diagnostic for D. reconditum, but this occurs
in only one-third of the microfilariae, and does not rule
out the possibility of a mixed infection. Microfilariae of D.
reconditum measure 258 µ to 292 µ long and 4.7 µ to 5.8 µ
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wide (Figure 17.42)154, and have a rectangular anterior
end, versus the tapered anterior end of D. immitis155.

Hosts. The dog is the definitive host of D. recondi-
tum. Infections occur globally, but are common in North
America and Europe, and are important because the
microfilariae of D. reconditum are frequently confused
with those of D. immitis.

Life Cycle. The life cycle is indirect. Fleas serve as the
intermediate host of D. reconditum156. The microfilariae
are in the blood of the dog and are transmitted by the bite
of the flea. It has also been shown that the louse, Hetero-
doxus spiniger, can serve as an intermediate host of
Dipetalonema reconditum38.

Pathologic Effects and Clinical Disease. Infection
with D. reconditum is not associated with pathology or
clinical signs.

Diagnosis, Treatment, and Prevention. Microfilariae
are found in the circulating blood, and can be differentiated
from those of D. immitis (Figure 17.43)157. Likewise, antigen
detection assays can distinguish between heartworm and D.
reconditum-infected dogs. No treatment is warranted. Flea
control reduces the incidence of infection.

Fig. 17.42 Dipetalonema reconditum microfilaria. Reproduced from
Lindsey, J.R. (1965) with permission.
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Public Health Considerations. Dipetalonema recon-
ditum does not infect humans.

Dirofilaria immitis

Morphology. Adult Dirofilaria immitis are long, white, and
slender158. Adult males measure 12 cm to 20 cm long and
have a spirally coiled, blunt tail, small caudal alae, five pre-
anal and six postanal pairs of papillae, unequal spicules, and
no bursa or gubernacula. Adult females measure 25 cm to
31 cm long, and have the vulva near the posterior end of
the esophagus (Figure 17.44). Microfilariae measure 286 µ
to 340 µ long and 6.1 µ to 7.2 µ wide159, and have a straight
tail with no terminal hook (Figure 17.45).

Hosts. The dog heartworm occurs in the pulmonary
arteries, right ventricle, and vena cava (Figure 17.46)160 of
dogs, other canids, ferrets, sea lions, cats, and humans. It is
found throughout the world, especially in the tropics and
subtropics, but cases have occurred in all 50 of the United
States.

Life Cycle. The life cycle is indirect. Adult worms in
the dog release microfilariae, which circulate in the blood
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and are ingested by blood-feeding mosquitoes. Develop-
mental stages are found in the Malpighian tubules of the
mosquito for about 15 to 16 days (eight to 10 days in the
tropics). Larvae then enter the body cavity of the mosquito
and migrate to the thorax and head, concentrating in the
cavity of the labia or cephalic spaces of the head. Infective
larvae are deposited by the mosquito while feeding and
penetrate the skin through the feeding site. Further devel-
opment occurs in the deep fascia, and possibly in the sub-
cutaneous tissue, viscera, or lymphatics. Young adult
worms arrive in the lungs in three to four months. The
prepatent period is six to eight months161.

Pathologic Effects. Infection with heartworm results
in mechanical interference with blood flow, leading to
hypertrophy and enlargement of the right ventricle, dilata-
tion of the pulmonary arteries, and passive congestion of
the lungs, liver, and spleen, accompanied by ascites162.
Worms in the pulmonary arteries cause villous prolifera-
tion of the vascular intima. Worms also cause lysis of red
blood cells moving past them within the artery. Hemoglo-
bin released from ruptured erythrocytes is taken up by

Fig. 17.43 Differential morphologic characteristics of Dirofilaria immitis and Dipetalonema reconditum. Reproduced from Morgan, H.C. (1966)
with permission.
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pulmonary macrophages, imparting a brown color to the
lungs of heartworm-infected dogs. These changes decrease
blood flow and tissue perfusion, leading to organ
ischemia163.

In contrast to adult worms, circulating microfilariae
produce little damage. However, when microfilariae die,
small granulomas form around them. The presence of cir-
culating antigen antibody complexes and their deposition
in the kidney can lead to renal disease in chronically
infected dogs164.

Clinical Disease. Signs vary with the worm load and
duration of infection. The usual signs are lack of
endurance, cough, ascites, and heart failure. Other signs
include dry hair coat, anorexia, weight loss, increased res-
piration, rales, and hematuria.

Diagnosis. Microfilariae circulate in the bloodstream
of most dogs infected with canine heartworm, but up to
20% of dogs may have occult infections because of single
sex infections, past anthelmintic treatment, or immune
clearance of microfilariae. Therefore, tests should be per-
formed for both circulating microfilariae and circulating
antigen.

Treatment. Adult heartworms may be cleared by the
administration of melarsomine dihydrochloride (Immiti-
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cide). For up-to-date treatment recommendations, one
should examine the treatment guidelines of the American
Heartworm Society.

Prevention. Random-source dogs entering animal
facilities are often infected in areas of high prevalence. Infec-
tion not only compromises the health of the laboratory dog,
but may also render animals unfit for studies involving car-
diac and pulmonary physiology165. Elimination of mosqui-
toes prevents infection. Dogs housed outdoors should be
placed on monthly heartworm preventive medication.

Public Health Considerations. Dirofilariasis has
been reported in people, but is uncommon166. Laboratory
personnel who work with infected dogs in areas where the
mosquito vector is present should be aware of this poten-
tial hazard.

Superfamily Trichuroidea

Eucoleus aerophilus

Morphology. Adult Eucoleus aerophilus (Syn. Capillaria
aerophila) are long and thin167. Adult males measure 1.5

Fig. 17.44 Dirofilaria immitis adults. (Left) Male. (Right) Female.
Courtesy of S.H. Abadie, Louisiana State University.

Fig. 17.45 Dirofilaria immitis microfilaria. Reproduced from Lind-
sey, J.R. (1965) with permission.
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cm to 2.5 cm long and females measure 2 cm to 4 cm long.
The male has two caudal lobes and a single spicule with a
spiny sheath. The vulva of the female is near the posterior
end of the esophagus. The egg is brown, oval, measures 58
µ to 70 µ long by 29 µ to 40 µ wide, and has a granular
shell and bipolar plugs (Figure 17.47)168.

Hosts. Eucoleus aerophilus is primarily a parasite of the
respiratory tract of the fox, but has also been reported from
the dog, cat, and other carnivores in North America, South
America, and Europe132,169,170. Infections are uncommon
in laboratory-reared dogs, but may be seen in random-
source animals.
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Life Cycle. The life cycle is direct171. Eggs are passed
in the sputum or feces and embryonate in 30 to 50 days.
Infection occurs when embryonated eggs are ingested. The
larvae hatch in the small intestine, penetrate the mucosa,
and travel hematogenously to the lungs. Larvae penetrate
the alveoli, migrate up the air passages as they develop, and
reach maturity about 40 days after infection. The adult
worms inhabit the epithelium of the bronchioles, bronchi,
and trachea, where their thin bodies are threaded through
the epithelial surface.

Pathologic Effects. Heavy infections result in tra-
cheobronchitis, pulmonary edema, hemorrhage, and
sometimes pneumonia. Larvae, adult worms, and eggs
may be present in histologic sections of affected tissues.

Clinical Disease. Young animals are the most suscep-
tible to pulmonary disease caused by E. aerophilus. Light
infections are usually unapparent. Heavily infected dogs
develop a cough, nasal discharge, dyspnea, and anorexia,
and become debilitated172.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the sputum or feces. The eggs in the
feces must be differentiated from those of T. vulpis (larger),
E. boehmi (partially embryonated when passed), and Pear-
sonema plica (in feces contaminated with urine). Parasites
may be eliminated with ivermectin or benzimidazoles.

Fig. 17.46 Dirofilaria immitis in the dog. (Top) Worms in the right
auricle and anterior and posterior vena cavae. (Bottom) Heart opened,
also showing worms in the right ventricle. Reproduced from Jackson,
R.F., von Lichtenberg, F., and Otto, G.F. (1962) with permission.

Fig. 17.47 Eucoleus aerophilus egg. Reproduced from Burrows, R.B.
(1965) with permission.
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Sanitation and the treatment of infected animals are the
primary methods of control. Newly acquired dogs and cats
should be examined on arrival and treated if infected.
Because the eggs do not embryonate for 30 to 50 days, fre-
quent and complete cleaning of cages, pens, and runs pre-
vents the dissemination of the parasite.

Public Health Considerations. Humans have occa-
sionally been found to be infected. Therefore, animal
workers should exercise personal hygiene when working
with infected dogs or cats.

Eucoleus boehmi

Morphology. Adult Eucoleus boehmi resemble adults of E.
aerophilus173. The surface of the egg of E. boehmi is pitted,
while that of E. aerophilus is covered with anastomosing
ridges. The egg of E. boehmi is passed partially embry-
onated, and the developing morula in the egg often
appears square or rectangular.

Hosts. Eucoleus boehmi inhabits the nasal cavity and
paranasal sinuses of dogs and related canids around the
world. It was originally described from the frontal sinus of
a fox. The worms are found threaded through the mucosa
of the sinuses.

Life Cycle. The life cycle is thought to be similar to
that of E. aerophilus.

Pathologic Effects and Clinical Disease. Infection
results in sinusitis. Most cases are asymptomatic; however,
heavy infections result in rhinitis174. Infected dogs may
develop chronic serous nasal discharge and occasional
sneezing. The discharge can become purulent if secondary
infection occurs.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the characteristic egg in the nasal sinuses or
feces, or detecting worms in the sinuses at necropsy175.
Ivermectin and fenbendazole have both been used effec-
tively for treatment174,176. Strategies for prevention are as
described for E. aerophilus.

Public Health Considerations. Eucoleus boehmi does
not infect people.

Pearsonema plica

Morphology. Adult Pearsonema plica (Syn. Capillaria
plica) are long, thin, and finely striated. Adult males mea-
sure 1.3 cm to 3 cm long and females measure 3 cm to 6
cm long. The spicular sheath of the male lacks spines. The
egg is colorless to yellow, measures 60 µ long by 30 µ wide,
and has bipolar plugs (Figure 17.48)177.
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Hosts. Pearsonema plica is the urinary capillarid of
dogs, foxes, and other animals178–181. Infection is cosmo-
politan in distribution and common in hunting dogs in
Europe, but it is seldom reported in dogs elsewhere.

Life Cycle. The life cycle is indirect. Eggs passed in
the urine are ingested by an earthworm182. The eggs hatch
in the intestine of the earthworm, and the larvae burrow
through the intestinal wall into the connective tissue. They
are infective to the dog in about 24 hours, and are released
when a dog eats the earthworm. After two molts in the
dog’s intestinal mucosa, third-stage larvae enter the portal
circulation; pass through the liver, heart, lungs, and the
general circulation to the kidneys; and migrate through the
renal glomeruli, tubules, pelvis, and ureter to the bladder,
where they develop to adults. The prepatent period is 58 to
63 days.

Pathologic Effects and Clinical Disease. Infection
with P. plica is usually unapparent and causes little pathol-
ogy183. Dogs may have leukocytes in the urine, and some-
times develop haematuria184,185.

Diagnosis, Treatment, and Prevention. Diagnosis is
by recognition of the adults in the urinary tract or the char-
acteristic eggs in the urine. The eggs must be differentiated
from those of fecal capillarids, which may contaminate

Fig. 17.48 Pearsonema plica egg. Reproduced from Habermann, R.T.
and Williams, F.P. Jr. (1958) with permission.
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the large intestine. Effective anthelmintics include fenben-
dazole, Febantel, or milbemycin oxime191. Complete elim-
ination of T. vulpis from a research colony can be achieved
by raising cesarean-derived progeny in isolation. Control
in a conventional kennel is achieved by sanitation and rou-
tine treatment of infected animals. Eggs tolerate tempera-
ture extremes but not desiccation. Sunlight and
concentrated saline solutions are lethal to unhatched lar-
vae. Newly acquired dogs should be examined on arrival
and treated if infected.

Public Health Considerations. Trichuris vulpis does
not infect humans.

Superfamily Dioctophymatoidea

Dioctophyma renale

Morphology. Adult Dioctophyma renale are bright red.
The females measure up to 1 m in length and about 12
mm in diameter. The smaller males measure 0.14 mm to
0.4 mm long and 4 mm to 6 mm in diameter, and have a
fleshy, bell-shaped terminal copulatory bursa with a
single, bristle-like spicule. The egg is ellipsoid, about 74 µ
long by 47 µ wide. It is yellow-brown and has a thick shell
that is covered with funnel-shaped pits except at the ends
(Figure 17.52)192.

urine samples. The infection may be eliminated with fen-
bendazole or ivermectin185,186. Prevention is by sanitation
and exclusion of earthworms.

Public Health Considerations. Pearsonema plica
does not affect humans.

Trichuris vulpis

Morphology. Adult Trichuris vulpis are characterized by a
long, slender esophageal portion that occupies three-
fourths of the body length, and a thick, blunted posterior
section up to 1.3 mm wide, which contains the reproduc-
tive organs167. Both sexes measure 4.5 mm to 7.5 mm
long, but females are wider posteriorly. The male posterior
end is coiled dorsally with a single spicule enclosed in a ter-
minal sheath, which evaginates where the spicule pro-
trudes. The vulva is near the junction of the thin and thick
portions of the body. The eggs are brown and oval, mea-
sure 70 µ to 80 µ long by 32 µ to 40 µ wide, and have a
thick wall with bipolar plugs (Figure 17.49).

Hosts. Trichuris vulpis occurs in the cecum and colon
of dogs, foxes, and other canids throughout the world.
Infection is common in random-source dogs. Infections
are uncommon in kennel-raised dogs routinely given
anthelmintics, and in cesarean-derived, barrier-maintained
colonies.

Life Cycle. The life cycle is direct. Dogs become
infected by ingesting eggs which have embryonated in the
environment. Eggs may embryonate in as few as nine days
under optimal environmental conditions. Following inges-
tion, the larva emerges from the egg and enters the anterior
small intestinal mucosa, aided by a retractable lancet. The
larva returns to the lumen in two to 10 days, passes to the
cecum, and matures in 70 to 90 days. Adults inhabit the
cecum and less commonly, the colon (Figure 17.50)187.
The prepatent period is about three months. Adult worms
live for 16 months188.

Pathologic Effects. Larval migration is restricted to
the intestinal mucosa, causing little effect on the host. The
adults in the cecum and colon embed deeply in the mucosa
(Figure 17.51)189. These sometimes cause thickening and
inflammation but usually produce little or no reaction.
Large numbers of parasites are often seen in older dogs.

Clinical Disease. Clinical signs are only observed in
heavily infected dogs, and include weight loss, abdominal
pain, and mild to severe diarrhea that sometimes contains
blood190.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identification of the eggs in the feces or adults in

Fig. 17.49 Trichuris vulpis egg. Reproduced from Burrows, R.B.
(1965) with permission.
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Hosts. Dioctophyma renale infects dogs, wild carni-
vores, domestic animals, and humans193–197, and is the
largest nematode of terrestrial animals. It has been
reported globally, and is frequently found in mink in
North America193.

Life Cycle. The life cycle is indirect. Eggs passed in
the urine embryonate in water and require seven to nine
months to develop, depending on environmental tempera-
ture198. Oligochaetes serve as first intermediate hosts,
while fish and frogs become second intermediate hosts
when they consume infected oligochaetes199. Salamanders
serve as paratenic hosts200. Infective larvae freed by diges-
tion penetrate the intestinal wall of the definitive host,
enter the abdominal cavity, and mature in the renal pelvis,
often in the right kidney. Aberrant development may
occur in the abdominal cavity. The prepatent period is four
months.

Pathologic Effects. Pathologic changes include
hydronephrosis and progressive destruction of the
parenchyma of infected kidneys, culminating in a fibrotic
capsule that contains the worm and hemorrhagic fluid.
Noninfected kidneys can hypertrophy to twice their nor-
mal size. Worms that develop in the abdominal cavity may
cause peritonitis and adhesions.
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Clinical Disease. Infection with D. renale may cause
hematuria or other evidence of kidney disease, but is often
unapparent until necropsy201.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating the parasite in the kidney or the abdom-
inal cavity. Finding eggs in the urine is also diagnostic.
However, single sex infections, or worms in the abdominal
cavity, will not be detected by urinalysis. Contrast radiog-
raphy and ultrasonography may facilitate diagnosis. Treat-
ment is usually by surgical removal of the worm. A
nephrectomy may also be necessary. Because the life cycle
is indirect, infection in the laboratory is self-limiting, and
no control procedures are necessary.

Public Health Considerations. Dioctophyma renale
occurs sporadically in humans202. However, animal work-
ers cannot be directly infected from dogs.

ACANTHOCEPHALA

Oncicola canis

Morphology. Adult Oncicola canis have a conical body,
tapered posteriorly, and are flat, gray, and wrinkled. The male
measures 6 mm to 13 mm long (Figure 17.53)203, and the
female measures 7 mm to 14 mm long. The proboscis has
hooks arranged in rows. The egg is brown, oval, and 60 µ to
70 µ long by 40 µ to 50 µ wide (Figure 17.54)204. It contains
an embryo that has several spines at the anterior end.

Fig. 17.50 Trichuris vulpis in the colon of a dog. Reproduced from
Gaafar, S.M. (1964) with permission.

Fig 17.51 Trichuris vulpis embedded in the mucosa of the colon of a dog.
Reproduced from Smith, H.A. and Jones, T.C. (1966) with permission.
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Hosts. Oncicola canis occurs in the dog, and is found
in the United States, particularly Texas, and northeastern
Mexico. It is locally common and likely to occur only in
random-source dogs in endemic areas.

Life Cycle. The life cycle is indirect, and is generally
described in Chapter 5, Biology of Nematodes and Acan-
thocephalans. A cockroach serves as the first intermediate
host. Armadillos and turkeys may serve as paratenic hosts
containing cystacanths205.
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Pathologic Effects and Clinical Disease. Adult
worms attach to the wall of the canine small intestine. The
proboscis is usually deeply embedded and sometimes pen-
etrates the peritoneal surface. Clinical signs may be absent
or include mild enteritis.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying eggs in the feces or adult worms in the intes-
tine at necropsy. Experience gained from treating primates
infected with acanthocephalans suggests that ivermectin,
fenbendazole, and albendazole may be effective when used
in various regimens for extended periods; however, clear-
ing a large number of infected animals may be very diffi-
cult and require several treatments and fecal examinations.
All have seemed to be successful. Prevention is by keeping
facilities free of insects which may serve as intermediate
hosts.

Public Health Considerations. Oncicola canis does
not infect humans.

ARTHROPODS

Class Insecta

Order Diptera

Family Calliphoridae
The Calliphoridae includes the blow flies (Chrysomyia,
Lucilia, Phormia), bottle flies (Calliphora and Phaenicia),
tumbu fly (Cordylobia anthropophaga), and others. Most of
these develop in carrion and only accidentally or faculta-
tively cause myiasis in dogs and other animals. Adults are
attracted to decaying organic matter, such as fetid, puru-
lent sores or soiled pelage. Their maggots feed primarily on

Fig. 17.52 Dioctophyma renale egg. (A) Superficial view. (B) Optical
section of embryonated egg. Reproduced from Yorke, W. and Maple-
stone, P.A. (1926) with permission.

Fig. 17.53 Oncicola canis male. Reproduced from Wehr, E.E. (1965)
with permission.

Fig. 17.54 Oncicola canis egg. Reproduced from Benbrook, E.A. and
Sloss, M.W. (1961) with permission.
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dead or gangrenous tissue and only secondarily invade
adjacent healthy tissue.

Other calliphorids of veterinary importance include
the screwworm flies (Cochliomyia, Chrysomyia bezziana,
and others), which cause primary myiasis. Cochliomyia
hominivorax, the New World screwworm fly, occurs in the
Americas south of Panama, while Chrysomyia bezziana, the
Old World screwworm, occurs in Africa and southern
Asia. Both are obligate myiasis producers and will seek any
fresh open wound regardless of host species206. Debilitated
animals are especially susceptible to attack. Screwworm fly
larvae could be encountered in random-source dogs in
endemic areas and can attack dogs in kennels if they are
not maintained in screened facilities. The interested reader
is directed to Chapter 6, Biology of Arthropods, for a
description of the life cycle.

Prognosis in untreated cases is grave, because second-
ary myiasis-producing flies follow the primary screwworm
invasions with fatal results. Lesions in dogs with long hair
coats may initially go undetected. Infested dogs may pre-
sent as debilitated or depressed. Shaving of the hair coat
often reveals the lesion, which may be swarming with mag-
gots of various sizes. Some may have penetrated deeply
into the tissue. It may also be difficult to observe lesions
when they occur in the ears207. Lesions must be cleaned
and topical insecticides applied. Dogs may also be treated
with systemic avermectins. Recently, nitempyram was used
in a series of dogs with maggots of C. hominivorax, and
within 24 hours, almost all the maggots within the lesions
were dead208. Although humans are susceptible to infec-
tion206, infected laboratory animals are not a direct hazard
to human health.

Family Culicidae
Important mosquito genera include Anopheles, Aedes, and
Culex. Mosquitoes occur throughout the world and attack
all endothermal animals, including dogs. Their importance
relates to their annoying and sometimes painful feeding
habits, and their ability to act as vectors of many pathogens.
In dogs, these include the canine heartworm, Dirofilaria
immitis. Additional information is presented in Chapter 6,
Biology of Arthropods. Salivary secretions introduced while
taking a blood meal cause local inflammation and pruritus.
The degree of insult varies with the species of mosquito and
the susceptibility of the individual animal. However, most
dogs react only mildly to the bites of mosquitoes, unless
they receive large numbers of bites. Mosquito feeding can
be prevented by screening (18-mesh-per-inch) outdoor dog
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housing areas. Mosquitoes also transmit human pathogens
and so may place animal workers in facilities where blood-
borne pathogens are studied at risk.

Family Muscidae
The interested reader is referred to Chapter 10, Parasites of
Birds, for information on muscid flies of veterinary impor-
tance. Among the most bothersome is Stomoxys calcitrans,
a globally distributed blood-sucking fly that will attack any
endothermal animal, including dogs. Adults resemble the
housefly but are distinguished by their darker color, more
robust appearance, and modified skin-piercing mouth-
parts206. Eggs are deposited deep in decaying vegetation or
in urine-soaked feed or bedding. Adult flies usually attack
the ears and legs, causing severe, painful bites, and some-
times local inflammation. These flies can serve as mechani-
cal vectors of some protozoa, bacterial, rickettsial, and viral
diseases as they move from host to host until they are full.
Dogs occasionally present with bleeding edges to their ears
or muzzle. Dogs should be treated with topical repellants,
and fly bites attended to, where fly activity is heavy. Large
numbers of flies indicate the presence of a nearby collec-
tion of decaying vegetation or urine-soaked bedding. Its
removal may markedly reduce the number of flies.

Family Psychodidae
The phlebotomine sand flies, Phlebotomus sp. and Lut-
zomyia sp., occur in temperate and tropical regions
throughout the world. Phlebotomus is found in the Old
Word and Lutzomyia is found in the New World206. Sand
flies resemble mosquitoes, but are smaller, hairier, have
short mouthparts, and the wings tend to lack scales and
have straight venation extending from the base to the
tip206. Many species of sand fly prefer to feed on rodents,
but some readily feed on dogs. Sand flies breed in crevices,
cracks in kennel walls, and rodent burrows, under condi-
tions of moderate temperature, high relative humidity, and
darkness206.

Larval stages feed on detritus and pupate in the soil.
Adults feed at dusk and dawn, tearing small holes in the
flesh and lapping up blood and tissue fluid from the
wound209. Sand flies serve as efficient vectors of Leishma-
nia sp., because macrophages attracted to skin lesions read-
ily become infected and are themselves ingested by other
sand flies. The bites of sand flies do not normally
cause clinical disease. Netting used to protect dogs from
sand flies must have openings smaller than that used to
exclude mosquitoes. Several pesticides are marketed to pre-
vent sand fly attack5,6,210,211. Phlebotomine sand flies are
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significant vectors of human leishmaniasis, but there is
little risk to personnel working within animal facilities
unless Leishmania sp. is under study in the facility.

Family Sarcophagidae
Flesh flies of importance include the Sarcophaga sp. and
Wohlfahrtia sp. The larvae of sarcophagid flies produce der-
mal myiasis in a range of hosts, including the dog. Infesta-
tion with maggots of these species is uncommon and only
likely to occur in random-source dogs. Adults are medium-
to-large gray and black flies. Larvae are recognized by their
characteristic posterior spiracular slits that slant away from
the midventral line. Gravid females deposit larvae instead
of eggs on open wounds, fetid sores, and serous dis-
charges206. Larvae develop in four to seven days, and pupa-
tion occurs on the soil in four days. The full cycle takes
about two weeks to complete in temperate areas.

The maggots of these species are usually scavengers
but become facultative parasites when they occur in
wounds of endothermal animals. The larvae are voracious
and often actively invade healthy tissue, producing deep
lesions. Affected dogs may appear moribund and listless.
They are likely to have matted and soiled hair coats that
attract flies. Under the matted hair may be large areas of
tissue destruction resulting from the flies excavating
through the skin and deeper tissues. Lesions should be
clipped and groomed, and a pesticide applied. Fly strike
can be prevented by screening outdoor animal rooms. Skin
wounds should be kept clean. These flies attack humans
and often produce severe mutilation206, but infected labo-
ratory animals are not a direct hazard to personnel.

Order Phthiraptera

Linognathus setosus
Morphology. Linognathus setosus is a large louse (Figure
17.55). Adults appear slightly blue when fully engorged.
The head is blunt, rounded anteriorly, and about as wide as
it is long. The mouthparts are anteriorly directed. The
abdomen is oval and covered with numerous long hairs. Six
spiracles are located on each side, but no plates are evident.
The thoracic spiracles are large. The total length of the
female is about 2 mm and the male is about 1.75 mm212.

Hosts. Linognathus setosus is a sucking louse occasion-
ally found on dogs and wild canids213–215. Infestation is
more common on long-haired breeds throughout the
world, and is often localized to the shoulders and neck,
especially underneath the collar. Rabbits and chickens are
also susceptible.
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Life Cycle. Eggs are deposited on hairs and hatch in
five to 12 days. Lice develop through three nymphal stages
to the adult stage. Transmission is by direct contact, and by
fomites, including brushes and combs. Immature stages do
not survive off of the host.

Pathologic Effects and Clinical Disease. Heavy
infestations cause dermatitis, alopecia, restlessness, and
pruritus.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and on finding lice or eggs. Lice
may be eliminated by treating dogs with insecticides216,217.
Treated dogs should be placed in clean disinfected cages,
and treatment should be repeated to eliminate recently
hatched nymphs. Newly acquired dogs should be exam-
ined and treated as necessary.

Public Health Considerations. Linognathus setosus
does not infest humans.

Trichodectes canis
Morphology. Trichodectes canis is a short, broad louse,
approximately 2 mm long (Figure 17.56), and is yellow
with dark markings38. The head is quadrangular and
broader than it is long. The antennae are short, stout,
three-segmented, and fully exposed. The antennae of the
male have a much enlarged basal segment. Each leg has

Fig. 17.55 Linognathus setosus female, ventral view. Courtesy of K.C.
Kim, Pennsylvania State University.
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mandibles to the base of a hair. Lice may congregate near
body openings or skin abrasions, in an effort to remain in a
moist environment. Common signs include irritation,
rubbing, scratching, biting of infested areas, sleeplessness,
nervousness, alopecia, and a rough matted coat. Infesta-
tions are more prevalent on dogs that are very young, old,
debilitated, or maintained in unsanitary conditions.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and demonstration of lice or louse
eggs. Trichodectes canis is highly susceptible to treatment
with imidacloprid, selamectin, fipronil, and topical perme-
thrins217–220. Treated dogs should be placed in clean, disin-
fected cages, and treatment repeated to eliminate recently
hatched nymphs. Newly acquired dogs should be exam-
ined and isolated and treated if infested. In the tropics,
dogs can be infested with another mallophagan louse, Het-
erodoxus spiniger.

Public Health Considerations. Trichodectes canis
does not feed on humans. However, Dipylidium caninum
may be transmitted to people by ingestion of an infected
louse.

Class Arachnida

Ticks

Family Argasidae
Otobius megnini Otobius megnini, the spinose ear tick, is
a soft tick commonly found in the ears of large, domestic
animals, including dogs. The interested reader is directed
to Chapter 20, Parasites of Sheep and Goats, for additional
information. The original range of the spinose ear tick was
the semiarid regions of the southwestern United States and
Mexico. More recently, it has also been reported through-
out the continental United States, Hawaii, western
Canada, South America, Africa, Madagascar, India, and
Australia. It was probably introduced into these areas on
transported livestock.

Immature stages of this tick attach deep in the exter-
nal auditory canal of the host, causing extreme irritation,
edema, hemorrhage, and pain. The ear canal is sometimes
completely filled with ticks and debris. Secondary effects
include trauma of the external ear, secondary infection of
the auditory canal, deafness, and sometimes death. Otitis
externa, with severe head shaking and scratching, are com-
mon clinical signs. Some dogs have been observed to
engage in frantic head shaking and vocalization221. Newly
acquired dogs should be examined and treated if ticks are
discovered. Because of the location of the parasite deep in

only one tarsal claw. The abdomen is oval and has one dor-
sal transverse row of medium-length hairs across each seg-
ment and six pairs or spiracles. The mouthparts are located
ventrally on the head of the louse.

Hosts. Trichodectes canis is a chewing louse found on
the dog and wild canids throughout the world. Once com-
mon on random-source and kennel-reared puppies, it is
now less prevalent, especially in the United States.

Life Cycle. After fertilization, the female lays several
eggs daily for the rest of her life, which is about 30 days38.
Eggs are cemented near the base of the hair, hatch in one to
two weeks, molt three times, and develop into mature lice
in about two additional weeks. The louse feeds on tissue
debris and survive only three to seven days if separated
from the host. Transmission is by direct contact and
fomites, including grooming equipment. Immature stages
do not survive off of the host.

Pathologic Effects. Effects on the hair or skin are
usually minimal, though heavy infestations may cause der-
matitis. The eggs and nits can be seen on the hair and may
give it a scruffy appearance. More importantly, T. canis
may serve as a vector of the dog tapeworm, Dipylidium
caninum.

Clinical Disease. Trichodectes canis is usually found
on the head, neck, and tail, attached by its claws or

Fig. 17.56 Trichodectes canis female, dorsal view. Courtesy of R.D.
Price, University of Minnesota.
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the ear canal, the ticks can be very difficult to remove.
Immature stages of the spinose ear tick also invade the
external ear of humans and cause severe pain, but such
infestations are very rare.

Family Ixodidae
Amblyomma americanum Amblyomma americanum, the
lone star tick, is abundant in wooded and brushy areas
throughout the Americas206. Susceptible hosts include wild
rodents, dogs, wild carnivores, domestic animals, some
ground-inhabiting birds, and humans. The interested reader
is directed to Chapter 20, Parasites of Sheep and Goats, for
additional information. The bite of Amblyomma ameri-
canum is particularly annoying because the mouthparts are
elongated. The wound caused by the bite of A. americanum
may be invaded by screwworm maggots. Heavy infestations
can lead to severe anemia and debilitation.

Ticks may be eliminated with acaricidal treatments
such as permethrins222. Newly acquired dogs should be
checked and treated for tick infestations. Underbrush, tall
grass, and weeds should be removed from around dog ken-
nels, and reservoir hosts should be prevented access to
buildings that house dogs.

Special care must be taken when manually removing
ticks. By inserting a needle or scalpel under the mouth-
parts and applying slow, gentle traction, the tick can usu-
ally be detached intact.

This tick is a vector of Rickettsia rickettsii, Francisella
tularensis, Ehrlichia sp., and Hepatozoon americanus, and is
a reservoir, if not a vector, of Coxiella burnetii28,223. People
handling infested dogs should be particularly careful. Care
should also be taken to prevent contamination of open
wounds or mucous membranes with fluids from engorged
or crushed ticks.
Dermacentor variabilis Morphology. Dermacentor
variabilis, the American dog tick, is a large, ornate tick.
The adult male measures 4 mm to 5 mm long and has a
gray, enameled appearance. The adult female is slightly
larger and has a scutum which is mostly gray. This tick is
differentiated from D. andersoni by the scutal ornamenta-
tion and the smaller, more numerous goblets in its spiracu-
lar plates.

Hosts. Immature stages feed on many species of wild
rodents and lagomorphs, especially deer mice, voles, cot-
ton rats, rice rats, and cottontail rabbits. Adults are com-
mon on the dog and wild carnivores, and they sometimes
bite humans224. Although this tick seldom invades research
animal facilities, adults may be found on random-source
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dogs. It is not likely to be encountered on laboratory dogs
obtained from kennels that practice good sanitation and
parasite control.

Life Cycle. The life cycle of Dermacentor sp. is pre-
sented in Chapter 20, Parasites of Sheep and Goats.

Pathologic Effects. The bite of D. variabilis causes
local inflammation, edema, and hemorrhage. Large num-
bers of feeding ticks can cause severe anemia, irritability,
debilitation, and tick paralysis.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and on identification of the tick on
the host. Acaricides effective against other members of the
Ixodidae will eliminate D. variabilis. Newly acquired dogs
should be checked and treated for tick infestations. Under-
brush, tall grass, and weeds should be removed from
around laboratory dog kennels, and reservoir hosts should
be excluded from areas housing research dogs.

Public Health Considerations. The American dog
tick is a known vector of human and canine pathogens,
including Rickettsi rickettsii and Francisella tularensis, and
its bite may cause tick paralysis in humans. Infested
research dogs should be handled with caution, and care
should be taken to prevent the contamination of open
wounds or mucous membranes with fluids from crushed
ticks.
Ixodes spp. Several of the Ixodes parasitize endothermal
animals, including dogs. The most common species in
North America are Ixodes scapularis (the black-legged tick)
in the eastern United States and Mexico, and I. pacificus
(the California black-legged tick) along the west coast of
North America from California to British Columbia.
Ixodes ricinus (the castor-bean tick) is the most common
species in Europe; I. persulcatus is most common in East-
ern Europe and northern Asia; I. canisuga (the British dog
tick) is common in the British Isles; I. holocyclus is com-
mon in Australia; and I. pilosus, I. rubicundus, I. rasus, and
I. schillingsi are common in Africa.

The bite of Ixodes causes irritation, trauma, and some-
times paralysis. In addition, this tick is a major vector of
Borrelia, Ehrlichia, and Babesia from rodents to dogs and
humans206. Ixodes are characterized by anal groves that join
anterior to the anus. The mouthparts are long, and the scu-
tum lacks eyes, festoons, and ornamentation. Ixodes species
are three-host ticks. The life cycle is presented in Chap-
ter 6, Biology of Arthropods. Because of the long hypo-
stome, the mouthparts may detach and remain in
the host after the tick is removed, resulting in persistent,
severe irritation, often with secondary bacterial invasion.
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The mouthparts can be removed as described for Ambly-
omma. Ticks may be eliminated with fipronil or perme-
thrin225–227. Newly acquired dogs should be checked and
treated for tick infestations. Brush, tall grass, and weeds
should be removed from around dog kennels, and reservoir
hosts excluded from areas where dogs are housed. Animal
workers should exercise care in handling ticks which may
be carriers of human pathogens.
Rhipicephalus sanguineus Morphology. Male Rhipi-
cephalus sanguineus (brown dog tick, kennel tick) measure
2.2 mm to 3.2 mm long, and females measure 2.4 mm to
2.7 mm long when unengorged, but up to 1.5 mm long
after feeding206. Both sexes have eyes and inornate, dark
brown scuta. The posterior of the body bears festoons. The
basis capitulum is hexagonal (Figure 17.57).

Hosts. Rhipicephalus sanguineus is found on dogs, and
less commonly, other mammals, in the southwestern
United States, Mexico, Central and South America, south-
ern Europe, and Africa. In warm climates, it occurs out-
doors and indoors. In cool climates it is generally confined
to heated buildings.

Life Cycle. Rhipicephalus sanguineus is a three-host
tick. The life cycle is described in Chapter 6, Biology of
Arthropods. Adult females feed for about a week, while
males remain attached for weeks to months. Immature
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ticks are common in the pelage of the neck, whereas adults
attach almost anywhere, frequently between the digits of
the feet.

Pathologic Effects and Clinical Disease. The bite of
R. sanguineus causes irritation, inflammation, hyperemia,
edema, hemorrhage, and thickening of the skin. This tick
also transmits many pathogens of dogs, including Babesia
canis and B. vogeli, Hepatozoon canis, Ehrlichia canis, and
the filarial nematode Dipetalonema reconditum206.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identification of the tick on the host. Infested
dogs should be treated with fipronil, selamectin, or perme-
thrins228–230. Laboratory animal facilities should be
designed so that cracks and crevices are minimized. Cages
and pens should be constructed of metal, concrete, or
other material that can be readily cleaned and disinfected.
High pressure cleaning of facilities with hot water or steam
when empty can eliminate ticks. Newly acquired animals
should be examined on arrival and treated if infested.

Public Health Considerations. The brown dog tick
is a vector of several important pathogens of humans206,
including Rickettsia rickettsii (the cause of Rocky Moun-
tain spotted fever), R. siberica (the cause of Siberian tick
typhus), R. conori (the cause of boutonneuse fever), and
Francisella tularensis (the cause of tularemia). Laboratory

Fig. 17.57 Rhipicephalus sanguineus. (Left) Male. (Right) Female. Courtesy of U.S. Department of Agriculture.
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animals infested with this tick should be handled with cau-
tion, and care should be taken when removing ticks manu-
ally to prevent the contamination of open wounds or
mucous membranes with fluids from crushed ticks.

Mites

Suborder Astigmata
Sarcoptes scabiei Morphology. Sarcoptes scabiei is a bur-
rowing mite. The morphology of S. scabiei is presented in
Chapter 15, Parasites of Rabbits. Briefly, adult females
measure 380 µ long by 270 µ wide206,231. The male is simi-
lar to the female but smaller, measuring 220 µ long by 170
µ wide, and is further distinguished from the female and
immature forms by the presence of an ambulacral sucker
on the fourth pair of legs and a sclerotized, bell-shaped
genital opening between this pair of legs.

Hosts. Dogs, foxes, and other canids around the world
are host to the subspecies S. scabiei canis232. Although cross-
infestation occurs between hosts and their subspecies, such
infestations are usually transient and mild. Sarcoptes scabiei
is sometime present on random-source dogs.

Life Cycle. The life cycle is direct, requires 10 to 14
days, and is presented in Chapter 15, Parasites of Rabbits.
Transmission is by direct contact, but the mites are capable
of living off the host for a number of hours and will
respond to host cues to find a new host233.

Pathologic Effects and Clinical Disease. Pathologic
effects of infestation include hyperkeratosis and paraker-
atosis, and within the epidermis, burrows containing mites
and mite eggs. Sarcoptes scabiei causes sarcoptic mange, or
scabies. Clinical signs include intense pruritus, self-mutila-
tion, generalized alopecia, and papular dermatitis with
subsequent rupture and crusting234. Secondary pyoderma
is not uncommon, and heavily infested dogs may become
cachetic and die. Early lesions occur in the inguinal or
axillary regions, or along the margins of the pinnae.

Diagnosis. A tentative diagnosis is based on clinical
signs, and is confirmed by demonstrating mites or eggs in
deep skin scrapings. Lesions should be scraped vigorously
with a sharp curved knife until the skin is roseate. Scrap-
ings are transferred to a microscope slide with a drop of
glycerin, mineral oil, or water; covered with a cover glass;
and examined under low power light microscopy. Scrap-
ings from the tips of the ears often yield mites even though
the ear may be free of lesions. If burrows are evident in
intact skin, adult female mites can often be teased out with
a needle. Diagnosis by histopathology requires demonstra-
tion of mites in section235.
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Treatment. Approved treatments for scabies include
amitraz and selamectin236,237. Other effective acaricides
include moxidectin, milbemycin oxime, and fipronil238–240.
The mites are also susceptible to avermectins, which are
commonly used.

Prevention. While mites do not travel far from the
canine host241, dogs should be held in isolation and all past
and current housing areas disinfected.

Public Health Considerations. Sarcoptes scabiei canis
causes mild, transient infestations in humans233. These are,
however, intensely pruritic, and involve papular eruptions.
For these reasons, infected dogs should be handled with
caution.

Suborder Mesostigmata
Pneumonyssoides caninum Morphology. Adult Pneu-
monyssoides caninum (Syn. Pneumonyssus caninum) mea-
sure 1 mm to 1.5 mm long242. Both sexes have palps of five
segments, a small, irregular dorsal shield, an irregular ster-
nal plate that is wider than it is long, and a small, ovoid
anal plate. The sternal plate of the female has two pairs of
setae and that of the male has three pairs. The female geni-
tal opening is a transverse slit between the fourth pair of
legs, and there is no epigynial plate. The first leg of both
sexes has a large pair of naked, sessile, tarsal claws, dissimi-
lar from those of the other legs243 (Figure 17.58).

Hosts. Pneumonyssoides caninum inhabits the nasal
cavities and sinuses of canids in the United States, South
Africa, Europe, and Australia. Although generally uncom-
mon and of unknown incidence in the laboratory, it might
be encountered in dogs throughout the world.

Life Cycle. The life cycle is direct. Dogs become
infected through direct contact244. Mites have been experi-
mentally transferred to other dogs by intranasal inocula-
tion245.

Pathologic Effects and Clinical Disease. Infesta-
tions are generally nonpathogenic and asymptomatic.
Usually, clinical signs are limited to excessive mucus pro-
duction and hyperemia of the nasal mucosa. However,
heavily infested dogs may develop a bronchial cough,
rhinitis, lacrimation, listlessness, inappetence, sudden loss
of consciousness, and orbital cellulites242, 245, 246, 247.

Diagnosis, Treatment, and Prevention. Diagnosis is
by direct observation of mites near the external nares, often
while the dog is sleeping, or by finding the mite or its eggs
in nasal washings244. Pneumonyssoides caninum has been
successfully eliminated by treatment with ivermectin or
milbemycin oxime248. Prevention is by isolation and
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treatment of dogs known to be infected, prior to release
into the research animal colony.

Public Health Considerations. Pneumonyssoides
caninum does not infest humans.

Suborder Prostigmata
Cheyletiella yasguri Morphology. Female Cheyletiella
yasguri are oval and measure 350 µ to 500 µ in length, and
are larger than the males (Figure 17.59). Both sexes have a
single semicircular dorsal shield and a large gnathosoma.
The palpal tibia has a curved claw that is dentate on its
inferior margin and is diagnostic for comparing this to
other mites found on dogs. Tarsal claws are absent from
the legs.

Hosts. Cheyletiella yasguri infests dogs, and probably
other carnivores.

Life Cycle. The life cycle is direct. All stages, includ-
ing the egg, larva, first nymph, second nymph, and adult
male and female, may be found on the host or in the bed-
ding249. The eggs are glued to the hairs.

Pathologic Effects. Cheyletiella yasguri causes a mild
form of mange, with exfoliative dermatitis, mild alopecia,
hyperemia, pruritus, serous exudation, and thickening of
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the skin. A subacute, nonsuppurative dermatitis with cel-
lular infiltration and mild hyperkeratosis is seen in tissue
section.

Clinical Disease. Typical clinical signs include exfo-
liative dermatitis with flaky, branlike squames, principally
on the backs of puppies. The disease is called “walking
dandruff” because when the skin is examined with a hand
lens, the flakes on the skin appear to move due to the mites
walking amidst the dander.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying mites in skin scrapings or on tufts of hair.
Effective acaricides include selamectin, fipronil, perme-
thrin, ivermectin, and milbemycin oxime250–254. Because
these mites might inhabit litter and bedding, it is advisable
that cages, equipment, and rooms be treated with steam or
pressure washed with soapy water at the same time animals
are treated.

Public Health Considerations. Cheyletiella yasguri is
known to transiently infest humans, typically after holding
infested dogs255. Thus, infested dogs should be handled
with caution.
Demodex canis Morphology. Adult Demodex canis mea-
sure 200 µ to 400 µ long and are vermiform in shape (Figure

Fig. 17.58 Pneumonyssoides caninum female. (Left) Dorsal view. (Right) Ventral view. Reproduced from Baker, K.P., Evans, T.M., Gould, D.J.,
Hull, W.B., and Keegan, H.L. (1956) with permission.
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types may be present concurrently. Squamous lesions are
characterized by dry, scaly dermatitis, alopecia, and mild
induration. Early lesions commonly appear on the head.
Pustular lesions occur independently of, or may follow, the
squamous type, and are generally associated with second-
ary bacterial infection. Pustular lesions are characterized by
chronic, moist dermatitis, and purulent exudates. The
term “red mange” is applied to a generalized hyperemia
with little or no pustule formation.

Histologic lesions include capillary dilatation, epider-
mal acanthosis, and hyperplasia and distension of the seba-
ceous glands259. Distended hair follicles rupture and hairs
released into the dermis induce foreign-body reactions and
secondary bacterial infection with pustule formation.

Clinical Disease. Approximately 90% of demodico-
sis cases are localized, with coin-sized lesions on the head,
flank, or legs. Ten percent of cases will progress to general-
ized demodicosis with alopecia and pyoderma.

Fig. 17.59 Cheyletiella yasguri.

Fig. 17.60 Demodex canis female, ventral view. Reproduced from
Baker, K.P., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) with permission.

17.60). They have four pairs of short, stumpy legs, small
mouthparts, and no setae. A small, blunt rostrum contains
minute stylet-like chelicerae and compressed palpal seg-
ments. The penis of the male is dorsal and anterior; the
female genital opening lies between the fourth pair of legs.

Hosts. Demodex canis is the common follicle-inhabit-
ing mite of the dog and is the cause of demodectic mange.
It occurs throughout the world, in all dog breeds. In one
survey, 53% of skin sections from 208 apparently normal
dogs were found infested256. Prevalence is not affected by
age, sex, or length of hair, but clinical signs are more com-
mon in dogs under one year of age, and are more likely to
be recognized in short-haired breeds. Only barrier-reared
dogs derived from cesarean-section-derived stock are free
of this mite.

Life Cycle. The life cycle is direct. Mites are com-
monly found in the sebaceous glands and hair follicles.
Eggs hatch in six days, and the entire life cycle, which can
be completed in a skin pustule, takes about 24 days257. The
mode of transmission is unknown, but involves some form
of direct contact. Neonatal transmission from the nursing
bitch to her offspring has been suggested258, and this may
represent the usual route.

Pathologic Effects. Two forms of cutaneous lesions
have been reported in dogs infested with D. canis. Both
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Diagnosis. Diagnosis is based on clinical signs and
microscopic identification of mites in skin scrapings.
However, demonstration of mites in association with
lesions is not conclusive, because D. canis is common in
apparently normal dogs. Thus, other causes of skin lesions
should be considered.

Treatment. The only approved and effective therapy
for demodicosis is amitraz, which may be associated with
side effects236. When secondary pyoderma is present,
antibiotics such as enrofloxacin may also be necessary260.
Other common treatments include the avermectins, such
as doramectin, ivermectin, moxidectin, and milbemycin
oxime261.

Prevention. Most dogs are asymptomatic carriers of
D. canis. If Demodex-free dogs are required, they must be
generated through cesarean section followed by barrier
mainenance258.

Public Health Considerations. Demodex canis does
not naturally infest humans. However, transient dermatitis
may result from prolonged contact with infested dogs.

Class Pentastomida

Linguatula serrata

Morphology. Adult Linguatula serrata have a transparent,
tongue-shaped body with approximately 90 annuli262 (Fig-
ure 17.61). The anterior end has two pairs of simple retrac-
tile hooks. The female measures 8 cm to 13 cm long and 1
cm wide. Reddish-orange eggs are visible along the median
line of the body. The male measures 2 cm long and 0.3 cm
to 0.4 cm wide. The egg is oval, 70 µ to 90 µ in diameter,
and is individually enclosed in a thin, bladder-like enve-
lope containing clear fluid. It has a thick chitinous shell
containing an embryo with rudimentary mouthparts and
four short legs, each bearing two claw-like hooks. The so-
called dorsal organ or facette is on the back of the embryo.

Hosts. The adult stage is found in the nasal passages
of dogs, foxes, and wolves, and less commonly in horses,
goats, sheep, and humans. Nymphs occur in rats, guinea
pigs, rabbits, primates, and livestock. Linguatula serrata is
found throughout the world. It is most common in eastern
Europe263, and has been reported from the Americas264,
South Africa, Middle East265, and Australasia266. Linguat-
ula serrata is unlikely to be encountered except in an occa-
sional random-source dog.

Life Cycle. The life cycle is indirect. Eggs are expelled
from the definitive host in the nasal mucus or are swal-
lowed and passed in the feces267. That portion of the life
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cycle occurring in intermediate hosts is presented in Chap-
ter 15, Parasites of Rabbits. Dogs are infected by ingesting
viscera containing the infective stage268. The means by
which nymphs reach the nasal cavity is unknown, but may
occur while contaminated food is being masticated, or
later during emesis. Adults survive about two years in the
dog, feeding on nasal mucus, nasal secretions, and occa-
sionally blood.

Pathologic Effects. Pathologic effects depend on the
number of worms present269. Changes observed range
from catarrhal and hemorrhagic sinusitis to sinus ulcers
and osteoporosis of the turbinates. Parakeratosis of the
mucosa, hypertrophy of the submucosal glands of the
glandular acini, and hemosiderin particles in the gland
cells are also observed. Chronic ulcers on the mucosa are
characterized by infiltration of lymphocytes and histio-
cytes, and by small hemorrhages. Associated cytolysis pro-
duces a dense hyaline crust.

Clinical Disease. Most dogs show no signs of infec-
tion, but a severe catarrhal or suppurative rhinitis and epis-
taxis may occur. Restlessness, sneezing, and difficulty
breathing are occasionally seen. The sense of smell is often
reduced or abolished.

Fig. 17.61. Linguatula serrata. (Left) Male. (Right) Female. Courtesy
of A. Fain, Institut de Médecine Tropicale Prince Léopold.
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Diagnosis. Diagnosis is based on clinical signs and
the presence of L. serrata eggs in the feces or nasal mucus.

Treatment Prevention, and Public Health Consid-
erations. In one report, treatment with ivermectin
resulted in the expulsion of the adult worm263. More com-
monly, treatment involves the physical removal of the
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worms from the nasal passages. Infection will not occur in
the animal facility. Random-source dogs found to be
infected upon entry should be treated or culled. The risk of
human infection is low, but the nymph is capable of devel-
oping in people following ingestion of eggs passed in
feces270.
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TABLE 17.1 Parasites of Dogs—Circulatory/Lymphatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Trypanosoma brucei, Africa Dogs, other Blood, cerebro-spinal Bite of infected Fever, anemia, Not reported 8
T. congolense mammals fluid tsetse fly (Glossina) edema,

emaciation,
muscular atrophy,
incoordination,
paralysis, death

Trypanosoma Africa, Americas, Dogs, other mammals Blood, cerebro-spinal Bite of infected fly Fever, anemia, Not reported 8
evansi Asia fluid (Tabanus, Stomoxys, edema, emaciation,

Haematopota, Lyperosia) muscular atrophy,
incoordination,
paralysis, death

Trypanosoma Central and Dogs, cats, primates Blood Bite of Reduviid None Reported 8
rangeli South bug or contamination

America with bug feces

Coccidia

Hepatozoon canis Africa, Asia, Dogs, cats, wild Spleen, lymph nodes, Ingestion of infected Splenomegaly, Not reported 32
Europe carnivores liver, bone marrow, ticks (Rhipicephalus anemia

neutrophils sanguineus)

Pyroplasmids

Babesia canis Africa, Asia, Canids Erythrocytes Transmitted during Anemia, Not reported 57
Europe, feeding of hard tick; splenomegaly,
North America possible transplacental hepatomegaly,

transmission fever, icterus
Babesia gibsoni Africa, Asia, Canids Erythrocytes Transmitted during Anemia Not reported 57

North America feeding of hard tick;
possible transplacental
transmission

Babesia vogeli Africa, Asia Dogs Erythrocytes Transmitted during Anemia, fever, Not reported 8
feeding of icterus
hard tick

Trematodes

Heterobilharzia Southeastern US Dogs, bobcats, raccoons, Hepatic and Skin penetration by Granuloma Reported 65
americanum other mammals mesenteric veins cercariae released formation in

from snail intermediate multiple tissues,
host enteritis, hepatic

fibrosis, anemia

(Continued )
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TABLE 17.1 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Trematodes

Schistosoma Asia Dogs, cats, humans, Mesenteric vein, Skin penetration Hemorrhagic Common 271
japonicum other mammals portal veins by cercaria diarrhea,

thickened intestinal
wall, microscopic
granulomas in
various organs

Schistosoma Africa, Asia Dogs, ruminants, Mesenteric vein, Skin penetration Intestinal nodules, Reported 285
spindale other mammals portal veins by cercaria hepatic cirrhosis

Nematodes

Metastrongyloidea

Angiostrongylus Worldwide Dogs, foxes, Heart, pulmonary Ingestion of mollusk Pulmonary Not reported 277
vasorum other carnivores artery intermediate host consolidation,

thrombus
formation,
cardiac dilatation,
hepatic congestion

Filaroidea

Brugia Ceylon Dogs Lymphatic system Bite of mosquito None Reported 286
ceylonensis intermediate host

Brugia pahangi Africa, Malay Dogs, cats, wild Lymphatic system Bite of mosquito None Not reported 287
Peninsula carnivores, primates intermediate host

Dirofilaria immitis Worldwide Canids, cats, wild Right ventricle, Bite of mosquito Cardiac Reported 161
carnivores, humans pulmonary artery, intermediate host enlargement,

vena cava pulmonary
congestion, ascites
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TABLE 17.2 Parasites of Dogs—Enterohepatic System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Giardia canis Worldwide Dogs Anterior small intestine Ingestion of cysts in feces Steatorrhea Possible 13
Pentatrichomonas Worldwide Dogs, humans Large intestine Ingestion of None Common 20

hominis trophozoites in feces

Trichomonas Europe, Dogs Oral cavity Direct contact None Not reported 8
canistomae North America

Amoebae

Entamoeba Worldwide Dogs, also found in Cecum, colon Ingestion of cysts None Reported 8
hartmanni rhesus monkeys, passed in feces

humans

Coccidia

Cryptosporidium Worldwide Dogs Small intestine, Ingestion of sporulated Mild enteritis, Reported 21, 22
canis stomach oocysts diarrhea

Hammondia Worldwide Dogs and other Small intestine Ingestion of intermediate None Not reported 26
heydorni canids host (rodents, deer,

other prey species)
Isospora canis Worldwide Dogs Small intestine Ingestion of sporulated Moderate enteritis, Not reported 37

oocysts in feces or diarrhea
infected paratenic
hosts (rodents and birds)

Isospora spp. Worldwide Dogs (also found in Small intestine, Ingestion of sporulated Enteritis, diarrhea Not reported 41, 42, 43
cats, other carnivores) sometimes cecum, oocysts in feces

colon
Neospora caninum Worldwide Dogs Intestine Ingestion of intermediate Meningoencephalitis, Not reported 46

host, transplacental myositis, myocarditis,
transmission hepatitis, dermatitis,

pneumonia
Sarcocystis sp. Worldwide Dogs Small intestine Ingestion of None Not reported 8

bradyzoites in muscle
cysts of intermediate
host (livestock)

Trematodes

Alaria sp. Europe, Canids Small intestine Ingestion of intermediate Catharrhal enteritis Reported 288
North America host (frog) or

paratenic host (snake)
Amphimerus Americas Dogs, cats Bile duct Ingestion of metacercaria Hepatic cirrhosis, Reported 289

pseudofelineus in fishes pancreatitis

(Continued)
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TABLE 17.2 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Trematodes

Apophallus sp. Europe, Canids, cats, birds Small intestine Ingestion of metacercaria None known Not reported 290
North America encysted in fishes

Clonorchis sinensis Asia Dogs, also cats, Bile duct, pancreatic Ingestion of metacercaria Inflammation of Common 282
humans, other duct, duodenum encysted in fishes bile duct, hepatic
mammals cirrhosis, rarely

pancreatitis
Cryptocotyle sp. Europe, Dog, other carnivores, Small intestine Ingestion of metacercaria Enteritis Not reported 291

North America fish-eating birds encysted in fishes
Echinochasmus Asia, Europe Dogs, cats, foxes, Small intestine Ingestion of infected Enteritis Reported 292

perfoliatus swine, other mammals fishes
Echinostoma sp. Asia Dogs, rats, swine, Small intestine Ingestion of intermediate None known Reported 293

primates, other host (infected mollusk)
mammals

Heterophyes heterophyes Asia, Greece, Dogs, other carnivores, Small intestine Ingestion of metacercaria Mild enteritis Reported 294
Northern fish-eating birds encysted in fishes
Africa

Metagonimus Asia, Eastern Dogs, other mammals, Small intestine Ingestion of metacercaria Mild enteritis Reported 295
yokogawai Europe fish-eating birds encysted in fishes

Metorchis conjunctus North America Canids, other carnivores Bile duct, gallbladder Ingestion of metacercaria Inflammation of Reported 296
encysted in fishes bile duct, hepatic

cirrhosis, pancreatitis
Nanophyetus West coast of Dogs, other fish-eating Small intestine Ingestion of metacercaria Vector of Neorickettsia Reported 69

salmincola North mammals and birds in salmonid fishes helminthoeca
America,
eastern Siberia

Opisthorchis Asia, Europe, Dogs (also cats, other Bile duct, pancreatic Ingestion of metacercaria Inflammation of bile Reported 283
tenuicollis North America fish-eating mammals, duct, duodenum in fishes duct; sometimes

humans) hepatic cirrhosis;
rarely pancreatitis

Phagicola sp. Americas, Canids, cats, other Small intestine Ingestion of metacercaria None known Reported 297
Europe, Israel carnivores encysted in fishes

Pseudamphistomum Asia, Europe Canids, other Bile duct Ingestion of metacercaria None known Reported 298
truncatum carnivores encysted in fishes

Pygidiopsis genata Asia, Israel, Dogs, cats, rodents Small intestine Ingestion of metacercaria None known Not reported 299
northern in fishes
Africa

Stictodora sawakinensis Africa, Asia Dogs Small intestine Ingestion of metacercaria None known Not reported 300
in fishes

Cestodes
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Pseudophyllidea

Diphyllobothrium Asia, Americas, Dogs, cats, wild Small intestine Ingestion of intermediate None Reported 30
latum Europe carnivores host (freshwater fishes)

Diphyllobothrium Greenland, Pinnipeds, dogs Small intestine Probably ingestion of None known Reported 301
cordatum Iceland, Japan, unknown intermediate

North America host
Spirometra mansoni Asia, Dogs, cats, other Small intestine Ingestion of intermediate None Reported 76

South America carnivores host (small vertebrates,
except fishes)

Spirometra North America Dogs, cats, other Small intestine Ingestion of intermediate None Reported 76
mansonoides carnivores host (small vertebrates,

except fishes)

Cyclophyllidea

Diplopylidium Southern Europe, Dogs, foxes, cats Intestine Ingestion of transport or None known Not reported 302
nolleri southwestern intermediate host

Asia (reptiles)
Dipylidium caninum Worldwide Dogs, cats, other Small intestine Ingestion of intermediate Enteritis, anal Reported 77

carnivores host (fleas, lice) pruritus
Echinococcus granulosis Worldwide Dogs, wild canids Adult: small intestine Ingestion of intermediate Adult: none Intermediate 79

Metacestode: visceral host or eggs in feces Metacestode: host
organs abdominal

distention,
organ cysts

Echinococcus Europe, North Foxes, other canids, cats Adult: small intestine Ingestion of intermediate Adult: None Intermediate 274
multilocularis America, Metacestode: Liver host or eggs in feces Metacestode: liver host

Siberia cysts
Joyeuxiella Africa, southern Dogs, cats, other Intestine Ingestion of transport None known Not reported 302

pasqualei Europe carnivores or intermediate host
(reptiles)

Taenia hydatigena Worldwide Dogs, other carnivores Small intestine Ingestion of viscera of Mild enteritis Reported 303
intermediate host
(ruminants, swine)

Taenia multiceps Worldwide Canids Small intestine Ingestion of neural tissue None Reported 304
of intermediate host
(sheep, goats)

Taenia ovis krabbei Northern Dogs Small intestine Ingestion of muscle of None Not reported 305
Europe, intermediate host
South America (reindeer)

Taenia ovis ovis Worldwide Canids Small intestine Ingestion of viscera None None known 306
of intermediate host
(sheep, goats)

Taenia pisiformis Worldwide Dogs Small intestine Ingestion of intermediate None Not reported 38
host (lagomorphs, 
wild rodents)

(Continued)
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TABLE 17.2 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Taenia serialis Worldwide Dogs, foxes Small intestine Ingestion of intermediate None Reported 38
host (lagomorphs)

Nematodes

Rhabditoidea

Strongyloides Worldwide Dogs (also cats, Adult: Duodenum, Ingestion of infective Enteritis, broncho Common 82
stercoralis primates) jejunum larva or penetration pneumonia 

Larva: lungs, of skin or oral
pericardium mucosa by larva

Ascaridoidea

Toxascaris leonina Worldwide Dogs, cats Small intestine Ingestion of embryonated Mild enteritis Reported 91, 93
egg or rodent
paratenic host

Toxocara canis Worldwide Dogs Small intestine Transplacental, Enteritis, pulmonary Common 103
transmammary, hemorrhages,
ingestion of pneumonia
embryonated egg
or rodent or avian
paratenic host

Strongyloidea

Ancylostoma Africa, Americas, Dogs, cats, other Small intestine Ingestion of infective Mild diarrhea Common 275
braziliense Asia carnivores larva or paratenic

hosts; skin penetration
Ancylostoma Worldwide Dogs, other canids Small intestine Ingestion of infective Anemia, enteritis, Common 101, 102

caninum larva or paratenic host, pulmonary
skin penetration or hemorrhages
transmammary
infection

Ancylostoma Africa, Asia, Dogs, cats, other Small intestine Ingestion of infective Enteritis, anemia Reported 276
ceylanicum South America carnivores larva or paratenic

hosts; skin penetration
Uncinaria Worldwide Dogs, foxes, cats Small intestine Skin penetration or Enteritis, dermatitis Reported 118

stenocephala ingestion of infective
larva

Spirurida

Gnathostoma Africa, Asia, Dogs, other carnivores Stomach wall Ingestion of second Tumor-like nodules Reported 307
spinigerum Europe intermediate host in stomach wall

(small vertebrates)
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Physaloptera sp. Worldwide Dogs, cats, other Stomach, duodenum Ingestion of intermediate Gastritis Reported 308
carnivores host (insects)

Spirocerca lupi Worldwide in Canids, large exotic felids Esophagus, stomach, Ingestion of intermediate Esophageal nodules, Not reported 149
tropical and aorta, lungs, other host (cockroaches, aortic aneurysm,
subtropical organs dung beetles); or tumor formation
regions paratenic host

(small vertebrates)

Trichuroidea

Trichuris vulpis Worldwide Canids Cecum, colon Ingestion of Enteritis Not reported 188
embryonated egg

Acanthocephala

Oncicola canis Americas Dogs, coyotes, felids Small intestine Ingestion of intermediate Enteritis, intestinal Not reported 205
host (cockroaches) or perforation
paratenic host
(armadillos, turkeys)

Macracanthorhynchus North America Raccoons, dogs, other Small intestine Ingestion of intermediate Mild enteritis Rare 281
ingens carnivores host (millipede, Narceus)
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TABLE 17.3 Parasites of Dogs—Respiratory System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Trematodes

Paragonimus North America Dogs, cats, wild carnivores, Lungs (also found in Ingestion of crustacean Focal emphysema, Reported 72
kellicotti domestic animals brain, liver, other intermediate host lung cysts

organs) (crab, crayfish)
Paragonimus Asia Dogs, wild carnivores, Lungs (also found in Ingestion of crustacean Focal emphysema, Reported 284

westermanii domestic animals, brain, liver, other intermediate host lung cysts
primates organs) (crab, crayfish)

Leeches

Limnatis nilotica Asia, Africa, Dogs, horses, other Mucosa of upper Direct contact while Edema of the Reported 81
Europe domestic animals respiratory tract drinking; enters glottis, dyspnea,

through nose or epistaxis
mouth

Diestecostoma Central America Dogs Upper respiratory tract Invasion of mouth or Dyspnea, anemia Not reported 309
mexicanum nares while drinking

Nematodes

Metastrongyloidea

Crenosoma vulpis Asia, Europe, Foxes, dogs, cats Bronchi, trachea Ingestion of intermediate Mild bronchitis, Not reported 280
North host (slugs, snails) persistent cough
America

Filaroides hirthi Europe Dogs, other canids Lungs Ingestion of None Not reported 123
infective larvae

Filaroides milksi Europe, Dogs, other Lungs, bronchioles Ingestion of Small white foci Not reported 129
North America carnivores infective larvae in lungs

Filaroides osleri Worldwide Canids Trachea, bronchi Ingestion of Hemorrhagic Not reported 129
infective larvae granular nodules

Trichuroidea

Eucoleus aerophila Americas, Foxes, dogs, cats, Bronchioles, bronchi, Ingestion of Bronchitis, Reported 173
Europe other carnivores trachea embryonated egg tracheitis,

pneumonia
Eucoleus boehmi Worldwide Canids Nasal cavity, Ingestion of Sinusitis Not reported 173

paranasal sinuses embryonated egg

Arachnida

Mites

Mesostigmates
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Pneumonyssoides Worldwide Dogs Nasal cavities, sinuses Direct contact Hyperemia of nasal Not reported 244
caninum mucosa, excessive

mucus production

Pentastomids

Linguatula serrata Worldwide Canids, other Nasal cavity Ingestion of nymphs in Rhinitis, Reported 263
domestic animals viscera of intermediate epistaxis,

host (rodents, dyspnea
lagomophs)
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TABLE 17.4 Parasites of Dogs—Central Nervous System, Musculoskeletal System, Skin and Connective Tissue, and Urogenital System.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Flagellates

Leishmania spp. Worldwide Dogs, wild rodents, Macrophages of skin Bite of sand fly host Skin ulceration, Common 7
humans and visceral and organ 

lymphoid organs enlargement
Trypanosoma cruzi Americas Dogs, other mammals, Myocardium, skeletal Ingestion of infected Myocarditis, Common 9

humans muscle, smooth bugs (Hemiptera) myositis
muscle

Coccidia

Hepatozoon Americas Dogs, coyotes Striated and cardiac Ingestion of infected Myositis, Not reported 32
americanum muscle ticks (Amblyomma myocarditis

maculatum)

Cestodes

Larval

Mesocestoides corti North America, Dogs, other carnivores, Adult: small intestine Ingestion of Cysts in liver, other Rare 310
Central rodents Larva: peritoneal intermediate hosts abdominal
America cavity organs

Mesocestoides lineatus Africa, Asia, Dogs, other mammals Adult: small intestine Ingestion of Cysts in abdominal Rare 273
Europe Larva: Peritoneal intermediate organs

cavity, pleural cavity hosts
Spirometra erinacei Asia, Europe, Dogs, other carnivores, Adult: small intestine Ingestion of Cysts in subcutis, Reported 311

South America rodents, chickens Larva: subcutis, intermediate muscle
muscle hosts

Nematodes

Metastrongyloidea

Parastrongylus Australasia, Dogs (Natural hosts: Central nervous Ingestion of snail Meningoencephalitis Reported 278, 279
(Angiostrongylus) Southern US rats) system intermediate host
cantonensis

Spiruroidea

Thelazia Mexico, US Dogs, other carnivores, Lacrimal ducts, Larva deposited by fly Scleral congestion, Reported 312
californiensis wild ruminants conjunctival sacs, (Fannia, Musca) lacrimation,

nictitating feeding on keratoconjunctivitis,
membrane conjunctival fluids photophobia

Thelazia Asia, Europe Dogs, lagomorphs Lacrimal ducts, Larva deposited by fly Scleral congestion, Reported 313
callipaeda conjunctival sacs, feeding on lacrimation,

nictitating conjunctival fluids keratoconjunctivitis,
membrane photophobia

Filaroidea
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Dipetalonema Africa, Asia, Canids Peritoneal cavity Transmitted by infected None known Not reported 314
dracunculoides Europe arthropod during

feeding
Dipetalonema Africa, Europe Dogs, cats Subcutis, peritoneal Transmitted by infected None known Not reported 315

grassii cavity tick during feeding
Dipetalonema Worldwide Dogs Subcutis Transmitted by infected None Not reported 156

reconditum flea or tick during
feeding

Dirofilaria repens Africa, Asia, Dogs, other carnivores Subcutis Transmitted by infected Dermatitis, pruritus, Reported 316
Europe mosquito during alopecia

feeding

Nematodes

Trichuroidea

Pearsonema Worldwide, Dogs, cats, foxes, Urinary bladder Ingestion of intermediate Cystitis Not reported 184
plica especially other mammals host (earthworm)

Europe

Dioctophymatoidea

Dioctophyma renale Worldwide Dogs, other carnivores Kidneys, Ingestion of uncooked Hydronephrosis, Reported 198
abdominal cavity viscera of fish renal hypertrophy,

peritonitis

Dracunculoidea

Dracunculus insignis North America Dogs, wild carnivores Skin, subcutis, viscera Ingestion of intermediate Skin papules, Not reported 317
host (copepods) or erythema, 
paratenic host (frogs) pruritus

Dracunculus Asia, eastern Dogs, other mammals Skin, subcutis, viscera Ingestion of intermediate Skin papules, Reported 318
medinensis Europe, host (copepods) erythema, 

New Guinea pruritus

Diptera (flies)

Calliphoridae Worldwide Dogs, other mammals, Skin wounds Eggs deposited by Dermal myiasis, Reported 207
(blow flies, bottle birds female fly fetid skin wounds
flies, screwworm
flies)

Ceratopogonidae Worldwide Dogs, other mammals, Skin Direct contact Irritation, pathogen Common 206
(midges) birds transmission

Culicidae Worldwide Dogs, other mammals, Skin Direct contact Pruritus, local Common 206
(mosquitoes) birds inflammation,

pathogen transmission
Muscidae (filth flies) Worldwide Dogs, other mammals, Skin Direct contact Irritation, pathogen Common 206

birds transmission,
accidental myiasis

Psychodidae (sand flies) Worldwide Dogs, other mammals, Skin Direct contact Pathogen transmission Common 206, 209
birds

(Continued)
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TABLE 17.4 (Continued )

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Diptera (flies)

Sarcophagidae Worldwide Dogs, other mammals, Skin wounds Larvae deposited Dermal myiasis, Reported 206
(flesh flies) birds by female fly fetid skin wounds

Simulidae (blackflies) Worldwide Dogs, other mammals, Skin Direct contact Irritation, pathogen Common 206
birds transmission

Phthiraptera (lice)

Heterodoxus spiniger Worldwide in Canids Pelage Direct contact Irritation, alopecia, Not reported 319
tropical climates debilitation

Linognathus setosus Worldwide Canids, also rabbits, Pelage, plumage, Direct contact Dermatitis, alopecia, Not reported 215
chickens especially of neck pruritus

and shoulders
Trichodectes canis Worldwide Canids Pelage, especially Direct contact Dermatitis, alopecia; Not reported 218

near body openings vector of Dipylidium
caninum

Siphonaptera (fleas)

Ctenocephalides sp. Worldwide Dogs, other mammals Pelage, bedding Direct contact Allergic dermatitis, Reported 206
pruritus, ruffled
coat, self-induced
trauma, weight loss;
intermediate host for
Dipylidium caninum

Arachnida

Ticks (Soft)

Otobius megnini Worldwide Large, Ears Direct contact Otitis externa, Reported 221
domestic animals irritation, edema

Ticks (Hard)

Amblyomma spp. Worldwide Dogs, other Skin Direct contact Local inflammation, Common 206
mammals, birds anemia, tick paralysis;

vectors of canine
pathogens

Dermacentor spp. Worldwide Dogs, other mammals, Skin Direct contact Local inflammation, Common 224
birds anemia, tick paralysis;

vectors of canine
pathogens

Ixodes spp. Worldwide Dogs, other mammals, Skin Direct contact Local inflammation, Common 206
birds anemia, tick paralysis;

vectors of canine
pathogens
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Rhipicephalus Africa, Americas, Dogs, other mammals Skin Direct contact Local inflammation, Common 206
sanguineus Europe anemia, tick paralysis;

vectors of canine
pathogens

Mites

Astigmates

Otodectes Worldwide Dogs, other carnivores External ear canal, Direct contact Otitis, dermatitis, Not reported 320
cynotis sometimes skin of pruritus,

feet, tail self-ulceration of
auditory canal,
auricular hematoma

Sarcoptes scabiei Worldwide Canids, other mammals Skin Direct contact Papular dermatitis, Common 234
pruritus, self-inflicted
trauma, alopecia,
thickening of skin,
emaciation, death

Prostigmates

Demodex canis Worldwide Dogs Hair follicles Direct contact Dermatitis, alopecia Not reported 261
Cheyletiella yasguri Europe, Dogs, other carnivores Skin, pelage Direct contact Alopecia, scaly Common 249

North dermatitis, pruritus,
America thickening of skin

569

3
4
4
4
2
 C
h
 1
7
 5
0
9
-
5
7
8
.
q
x
d
  3

/
2
8
/
0
7
  1

:
2
2
 P
M
  P

a
g
e
 5
6
9



REFERENCES
1. Mattos Junior, D.G., Pinheiro, J.M., Menezes, R.C., and Costa, D.A.

(2004) Clinical and laboratorial aspects of seropositive dogs to leish-
maniosis. Arq. Bras. Med. Vet. Zootec. 56, 119–122.

2. Debrabant, A., Joshi, M.B., Pimenta, P.F.P., and Dwyer, D.M. (2004)
Generation of Leishmania donovani axenic amastigotes: their growth
and biological characteristics. Int. J. Parasitol. 34, 205–217.

3. Baneth, G. and Shaw, S.E. (2002) Chemotherapy of canine leishman-
iosis. Vet. Parasitol. 106, 315–324.

4. Lamothe, J. (2004) Use of meglumine antimonate in canine leishma-
niasis. Vet. Rec. 154, 378.

5. Mencke, N., Volf, P., Volfova, V., and Stanneck, D. (2003) Repellent
efficacy of a combination containing imidacloprid and permethrin
against sand flies (Phlebotomus papatasi) on dogs. Parasitol. Res. 90,
S108–111.

6. Reithinger, R., Teodoro, U., and Davies, C.R. (2001) Topical insecti-
cide treatments to protect dogs from sand fly vectors of leishmaniasis.
Emerg. Infect. Dis. 7, 872–876.

7. Lindsay, D.S., Zajac, A.M. and Barr, S.C. (2002) Leishmaniasis in
American foxhounds: an emerging zoonosis? Compend. Contin. Educ.
Pract. Vet. 24, 304–313.

8. Levine, N.D. (1985) Veterinary Protozoology. Iowa State University
Press, Ames, IA. 414 pages.

9. Barr, S.C., Beek, O.V., Carlisle Nowak, M.S., Lopez, J.W., Kirchhoff,
L.V., Allison, N. et al. (1995) Trypanosoma cruzi infection in Walker
Hounds from Virginia. Am. J. Vet. Res. 56, 1037–1044

10. Barr, S.C., Schmidt, S.P., Brown, C.C., and Klei, T.R. (1991) Patho-
logic features of dogs inoculated with North American Trypanosoma
cruzi isolates. Am. J. Vet. Res. 52, 2033–2039.

11. Barr, S.C. (1991) American trypanosomiasis in dogs. Compend. Con-
tin. Educ. Pract. Vet. 13, 745–754.

12. Guedes, P.M., Veloso, V.M., Tafuri, W.L., Galvao, L.M., Carneiro,
C.M., and Lana, M.D. et al. (2002) The dog as model for chemother-
apy of the Chagas’ disease. Acta Tropica 84, 9–17.

13. Jacobs, S.R., Forrester, C.P.R., Yang, J., Olson, B.E., Olson, M.E., and
Wallis, P.M. (2002) A survey of prevalence of Giardia in dogs pre-
sented to Canadian veterinary practices. In Giardia: The Cosmopolitan
Parasite. CABI Publishing, Oxford, England, 81–85.

14. Zislin, A., Goldstein, M., Hustead, D., Olson, B.E., Olson, M.E., and
Wallis, P.M. (2002) Prevalence of Giardia in companion animal popu-
lations in the USA. In Giardia: The Cosmopolitan Parasite,. CABI Pub-
lishing, Oxford, England, 87–90.

15. Barutzki, D., Olson, B.E., Olson, M.E., and Wallis, P.M. (2002)
Prevalence of Giardia spp. in dogs in Germany. In Giardia: The Cos-
mopolitan Parasite. CABI Publishing, Oxford, England, 91–95.

16. Abe, N., Kimata, I., and Iseki, M. (2003) Identification of genotypes
of Giardia intestinalis isolates from dogs in Japan by direct sequencing
of the PCR amplified glutamate dehydrogenase gene. J. Vet. Med. Sci.
65, 29–33.

17. Buret, A.G., Scott, K.G.E., Chin, A.C., Olson, B.E., Olson, M.E.,
and Wallis, P.M. (2002) Giardiasis: pathophysiology and pathogenesis.
In Giardia: The Cosmopolitan Parasite. CABI Publishing, Oxford,
England, 109–125.

18. Decock, C., Cadiergues, M.C., Roques, M., and Franc, M. (2003)
Evaluation of four treatments of canine giardiasis. Rev. Med. Vet. 154,
763–766.

19. Wenrich, D.H. (1930) Intestinal flagellates of rats. In: Hegner, R. and
Andrews, J. (eds.) Problems and Methods of Research in Protozoology.
Macmillan, New York, 124–142.

570 FLYNN’S PARASITES OF LABORATORY ANIMALS

20. Fukushima, T., Mochizuki, K., Yamazaki, H., Watanabe, Y., Yamada,
S., Aoyama, T,. et al. (1990) Pentatrichomonas hominis from beagle
dogs—detection method, characteristics and route of infection. Exper.
Anim. 39, 187–192.

21. Fayer, R., Trout, J.M., Xiao, L., Morgan, U.M., Lal, A.A., and Dubey,
J.P. (2001) Cryptosporidium canis n. sp. from domestic dogs. J. Para-
sitol. 87, 1415–1422.

22. Miller, D.L., Liggett, A., Radi, Z.A., and Branch, L.O. (2003) Gas-
trointestinal cryptosporidiosis in a puppy. Vet. Parasitol. 115,
199–204.

23. Turnwald, G.H., Barta, O., Taylor, H.W., Kreeger, J., Coleman, S.U.,
and Pourciau, S.S. (1988) Cryptosporidiosis associated with immuno-
suppression attributable to distemper in a pup. J. Am. Vet. Med. Assoc.
192, 79–81.

24. Barr, S.C., Jamrosz, G.F., Hornbuckle, W.E., Bowman, D.D., and
Fayer, R. (1994) Use of paromomycin for treatment of cryptosporidio-
sis in a cat. J. Am. Vet. Med. Assoc. 205, 1742–1743.

25. Gatei, W., Suputtamongkol, Y., Waywa, D., Ashford, R.W., Bailey,
J.W., Greensill, J. et al. (2002) Zoonotic species of Cryptosporidium are
as prevalent as the anthroponotic in HIV-infected patients in Thai-
land. Ann. Trop. Med. Parasitol. 96, 797–802.

26. Matsui, T. (1987) Studies on Isospora heydorni. Bull. Nippon Vet.
Zootech. Coll. 36, 144–145.

27. Vincent Johnson, N.A., Macintire, D.K., Lindsay, D.S., Lenz, S.D.,
Baneth, G., Shkap, V. et al. (1997) A new Hepatozoon species from
dogs: description of the causative agent of canine hepatozoonosis in
North America. J. Parasitol. 83, 1165–1172.

28. Ewing, S.A., DuBois, J.G., Mathew, J.S., and Panciera, R.J. (2002)
Larval Gulf Coast ticks (Amblyomma maculatum) (Acari: Ixodidae) as
host for Hepatozoon americanum (Apicomplexa: Adeleorina). Vet. Par-
asitol. 103, 43–51.

29. Panciera, R.J., Mathew, J.S., Cummings, C.A., Duffy, J.C., Ewing,
S.A., and Kocan, A.A. (2001) Comparison of tissue stages of Hepato-
zoon americanum in the dog using immunohistochemical and routine
histologic methods. Vet. Pathol. 38, 422–426.

30. Macintire, D.K., Vincent Johnson, N., Dillon, A.R., Blagburn, B.,
Lindsay, D., Whitley, E.M., et al. (1997) Hepatozoonosis in dogs: 22
cases (1989–1994). J. Am. Vet. Med. Assoc. 210, 916–922.

31. Macintire, D.K., Vincent Johnson, N.A., Kane, C.W., Lindsay, D.S.,
Blagburn, B.L., and Dillon, A.R. (2001) Treatment of dogs infected
with Hepatozoon americanum: 53 cases (1989–1998). J. Am. Vet. Med.
Assoc. 218, 77–82.

32. Baneth, G., Mathew, J.S., Shkap, V., Macintire, D.K., Barta, J.R., and
Ewing, S.A. (2003) Canine hepatozoonosis: two disease syndromes
caused by separate Hepatozoon spp. Trends Parasitol. 19, 27–31.

33. Baneth, G., Samish, M., Alekseev, E., Aroch, I., and Shkap, V. (2001)
Transmission of Hepatozoon canis to dogs by naturally-fed or percuta-
neously-injected Rhipicephalus sanguineus ticks. J. Parasitol. 87,
606–611.

34. Calmon, J.P. (1995) Canine hepatozoonosis: study of an infested ken-
nel. Point Veterinaire 27, 85–90.

35. Markus, M.B. (1983) The hypnozoite of Isospora canis. S. Afr. J. Sci.
79, 117.

36. Becker, C., Heine, J., and Boch, J. (1981) Experimental Cystoisospora
canis and C. ohioensis infections in dogs. Tierarztl. Umsch. 36,
336–341.

37. Nemeseri, L. (1960) Beitrage sur Atiologie der Coccidiose der Hunde.
I. Isospora canis sp. n. Acta Vet. Bud. 10, 95–99.

38. Georgi, J.R. and Georgi, M.E. (1991) Canine Clinical Parasitology, Lea
and Febiger, Philadelphia, PA, 227 pages.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 570



39. Daugschies, A., Mundt, H.C., and Letkova, V. (2000) Toltrazuril
treatment of cystoisosporosis in dogs under experimental and field
conditions. Parasitol. Res. 86, 797–799.

40. Blagburn, B.L., Lindsay, D.S., Vaughan, J.L., Rippey, N.S., Wright,
J.C., Lynn, R.C., et al. (1996) Prevalence of canine parasites based on
fecal flotation. Compend. Cont. Educ. Pract. Vet. 18, 483–509.

41. Dubey, J.P. (1978) Life-cycle of Isospora ohioensis in dogs. Parasitology
77, 1–11.

42. Dubey, J.P. and Mahrt, J.L. (1978) Isospora neorivolta sp.n. from the
domestic dog. J. Parasitol. 64, 1067–1073.

43. Trayser, C.V. and Todd, K.S., Jr. (1978) Life cycle of Isospora burrowsi
n.sp. (Protozoa: Eimeriidae) from the dog Canis familiaris. Am. J. Vet.
Res. 39, 95–98.

44. Linsday, D.S. and Dubey, J.P. (2000) Canine neosporosis. J. Vet. Para-
sitol. 14, 1–11.

45. Dubey, J.P., Carpenter, J.L., Speer, C.A., Topper, M.J., and Uggla, A.
(1988) Newly recognized fatal protozoan disease of dogs. J. Am. Vet.
Med. Assoc. 192,1269–1285.

46. Dubey, J.P., Barr, B.C., Barta, J.R., Bjerkas, I., Bjorkman, C.,
Blagburn, B.L., et al. (2002) Redescription of Neospora caninum
and its differentiation from related coccidia. Int. J. Parasitol. 32,
929–946.

47. Wenyon, C.M. (1926) Protozoology: A manual for medical men, vet-
erinarians and zoologists. Ballière, Tindall, and Cox, London.

48. Nuttall, G.H.F. and Graham-Smith, G.S. (1908) The mode of multi-
plication of Piroplasma bovis, P. pitheci in the circulating blood com-
pared with that of P. canis, with notes on other species of Piroplasma.
Parasitology 1, 134–142.

49. Taboada, J., Harvey, J.W., Levy, M.G., and Breitschwerdt, E.B. (1992)
Seroprevalence of babesiosis in Greyhounds in Florida. J. Am. Vet.
Med. Assoc. 200, 47–50.

50. Yamane, I., Gardner, I.A., Ryan, C.P., Levy, M., Urrico, J., and Con-
rad, P.A. (1994) Serosurvey of Babesia canis, Babesia gibsoni and
Ehrlichia canis in pound dogs in California, USA. Prevent. Vet. Med.
18, 293–304.

51. Carret, C., Walas, F., Carcy, B., Grande, N., Precigout, E., Moubri, K.,
et al. (1999) Babesia canis canis, Babesia canis vogeli, Babesia canis rossi:
differentiation of the three subspecies by a restriction fragment length
polymorphism analysis on amplified small subunit ribosomal RNA
genes. J. Eukaryot. Microbiol. 46, 298–303.

52. Uilenberg, G., Franssen, F.F.J., Perie, N.M., and Spanjer, A.A.M.
(1989) Three groups of Babesia canis distinguished, and a proposal for
nomenclature. Vet. Quart. 11, 33–40.

53. Breitschwerdt, E.B., Malone, J.B., MacWilliams, P., Levy, M.G.,
Qualls, C.W., Jr., and Prudich, M.J. (1983) Babesiosis in the Grey-
hound. J. Am. Vet. Med. Assoc. 182, 978–982.

54. Lobetti, R.G. (1998) Canine babesiosis. Compend. Cont. Educ. Pract.
Vet. 20, 418–431.

55. Wulansari, R., Wijaya, A., Ano, H., Horii, Y., Nasu, T., Yamane, S., et
al. (2003) Clindamycin in the Treatment of Babesia gibsoni Infections
in Dogs. J. Am. Anim. Hosp. Assoc. 39, 558–562.

56. Moreau, Y., Vidor, E., Bissuel, G., and Dubreuil, N. (1989) Vaccina-
tion against canine babesiosis: an overview of field observations.
Malaria and Babesiosis: 3rd International Congress on Malaria and
Babesiosis (France on September 7–11, 1987), 83, 95–96.

57. Boozer, A.L. and Macintire, D.K. (2003) Canine babesiosis. Vet. Clin.
N. Am., Sm. Anim. Pract. 33, 885–904.

58. Farwell, G.E., LeGrand, E.K., and Cobb, C.C. (1982) Clinical obser-
vations on Babesia gibsoni and Babesia canis infections in dogs. J. Am.
Vet. Med. Assoc. 180, 507–511.

PARASITES OF DOGS 571

59. Groves, M.G. and Dennis, G.L. (1972) Babesia gibsoni; field 
and laboratory studies on canine infections. Exp. Parasitol. 31,
153–159.

60. Birkenheuer, A.J., Levy, M.G., and Breitschwerdt, E.B. (2004) Effi-
cacy of combined atovaquone and azithromycin for therapy of chronic
Babesia gibsoni (Asian genotype) infections in dogs. J. Vet. Int. Med.
18, 494–498.

61. Lapage, G. (1962) Mönnig’s veterinary helmintology and entomology.
5th ed. Williams and Wilkins, Baltimore, MD. 600 pages.

62. Lee, K., Hong, S., Han, J., Yoon, C., Lee, S., Kim, S. et al. (2003)
Experimental clonorchiasis in dogs: CT findings before and after treat-
ment. Radiology 228, 131–138.

63. Hong, S., Lee, S., Lee, S., Kho, W., Lee, M., Li, S. et al. (2003) Sus-
tained-release praziquantel tablet: pharmacokinetics and the treatment
of clonorchiasis in beagle dogs. Parasitol. Res. 91, 316–320.

64. Slaughter, J.B., II, Billups, L.H., and Acor, G.K. (1988) Canine heter-
obilharziasis. Compend. Cont. Educ. Pract. Vet. 10, 606–612.

65. Flowers, J.R., Hammerberg, B., Wood, S.L., Malarkey, D.E., Dam,
G.J.V., Levy, M.G., et al. (2002) Heterobilharzia americana infection
in a dog. J. Am. Vet. Med. Assoc. 220, 193–196.

66. Fradkin, J.M., Braniecki, A.M., Craig, T.M., Ramiro Ibanez, F.,
Rogers, K.S., and Zoran, D.L. (2001) Elevated parathyroid hormone-
related protein and hypercalcemia in two dogs with schistosomiasis. J.
Am. Anim. Hosp. Assoc. 37, 349–355.

67. Ronald, N.C. and Craig, T.M. (1983) Fenbendazole for the treatment
of Heterobilharzia americana infection in dogs. J. Am. Vet. Med. Assoc.
182, 172.

68. Farrell, R.K. (1968) Rickettsial diseases, In: Catcott, E.J. (ed.) Canine
Medicine. American Veterinary Publications, Santa Barbara, CA.,
164–169.

69. LeJeune, J.T. and Hancock, D.D. (2001) Public health concerns asso-
ciated with feeding raw meat diets to dogs. J. Am. Vet. Med. Assoc. 219,
1222–1225.

70. Foreyt, W.J. and Gorham, J.R. (1988) Evaluation of praziquantel
against induced Nanophyetus salmincola infections in coyotes and dogs.
Am. J. Vet. Res. 49, 563–565.

71. Herman, L.H. and Helland, D.R. (1966) Paragonimiasis in a cat.
J. Am. Vet. Med. Assoc. 149, 753–757.

72. Dubey, J.P., Toussant, M.J., Hoover, E.A., Miller, T.B., Sharma, S.P.,
and Pechman, R.D. (1979) Experimental Paragonimus kellicotti infec-
tion in dogs. Vet. Parasitol. 5, 325–337.

73. van Rensburg, I.B.J., Vester, A., and Hiza, M.H. (1987) Parasitic
pneumonia in a dog caused by a lung fluke of the genus Paragonimus.
J. S. Afr. Vet. Assoc. 58, 203–206.

74. Bowman, D.D., Frongillo, M.K., Johnson, R.C., Beck, K.A., Horn-
buckle, W.E., and Blue, J.T. (1991) Evaluation of praziquantel for
treatment of experimentally induced paragonimiasis in dogs and cats.
Am. J. Vet. Res. 52, 68–71.

75. Kirkpatrick, C.E., Knochenhauer, A.W., and Jacobson, S.I. (1987)
Use of praziquantel for treatment of Diphyllobothrium sp. infection in
a dog. J. Am. Vet. Med. Assoc. 190, 557–558.

76. Little, S. and Ambrose, D. (2000) Spirometra infection in cats and
dogs. Compend. Contin. Educ. Pract. Vet. 22, 299–303.

77. Boreham, R.E. and Boreham, P.F.L. (1990) Dipylidium caninum: life
cycle, epizootiology, and control. Comp. Cont. Educ. Pract. Vet. 12,
667–675.

78. Hopkins, T.J., Gyr, P., and Hedemann, P.M. (1988) Nematocidal
and cesticidal efficacy of a tablet formulation containing febantel,
pyrantel embonate and praziquantel in dogs. Vet. Med. Rev. 59,
71–75.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 571



79. Eckert, J. and Deplazes, P. (2004) Biological, epidemiological, and
clinical aspects of echinococcosis, a zoonosis of increasing concern.
Clin. Microbiol. Rev. 17, 107–135.

80. Faust, E.C., Beaver, P.C., and Jung, R.C. (1968) Animal agents and
vectors of human disease. 3rd ed. Lea and Febiger, Philadelphia, PA.
461 pages.

81. Cheikh Rouhou, F., Besbes, M., Makni, F., Chaabouni, M., and
Ayadi, A. (2000) Limnatis nilotica causing severe anaemia in an infant.
Med. Trop. 60, 100–101.

82. Horton, M.L. (1980) Rhabditic dermatitis in dogs. Mod. Vet. Pract.
61, 158–159.

83. Cagnasso, A. and Peirone, B. (1988) Dermatitis due to Pelodera
strongyloides in a dog. Summa 5, 74.

84. Chandler, A.C. and Read, C.P. (1961) Introduction to parasitology,
with special reference to the parasites of man. 10th ed. John Wiley,
New York, NY. 822 pages.

85. Schad, G.A., Aikens, L.M., and Smith, G. (1989) Strongyloides sterco-
ralis: is there a canonical migratory route through the host? J. Parasitol.
75, 740–749.

86. Shoop, W.L., Michael, B.F., Eary, C.H., and Haines, H.W. (2002)
Transmammary transmission of Strongyloides stercoralis in dogs. J. Par-
asitol. 88, 536–539.

87. Mansfield, L.S. and Schad, G.A. (1995) Lack of transmammary trans-
mission of Strongyloides stercoralis from a previously hyperinfected
bitch to her pups. J. Helm. Soc. Wash. 62, 80–83.

88. Genta, R.M., Schad, G.A., and Hellman, M.E. (1986) Strongyloides
stercoralis: parasitological, immunological and pathological observa-
tions in immunosuppressed dogs. Tran. Roy. Soc. Trop. Med. Hyg. 80,
34–41.

89. Mansfield, L.S. and Schad, G.A. (1992) Ivermectin treatment of natu-
rally acquired and experimentally induced Strongyloides stercoralis
infections in dogs. J. Am. Vet. Med. Assoc. 201, 726–730.

90. Georgi, J.R. and Sprinkle, C.L. (1974) A case of human strongyloido-
sis apparently contracted from asymptomatic colony dogs. Am. J. Trop.
Med. Hyg. 23, 899–901.

91. Fisher, M.A., Murphy, M.G., and Siedek, E.M. (2002) Epidemiology
of Toxascaris leonina infection post-weaning within a colony of dogs. J.
Helminthol. 76, 27–29.

92. Smith, H.V., Quinn, R., Bruce, R.G., and Girdwood, R.W.A. (1982)
Development of the serological response in rabbits infected with Toxo-
cara canis and Toxascaris leonina. Trans. Roy. Soc. Trop. Med. Hyg. 76,
89–94.

93. Sprent, J.F.A. (1959) The life history and development of Toxascaris
leonina (von Linstow 1902) in the dog and cat. Parasitology 49,
330–371.

94. Ewing, S.A. (1967) Examination for parasites. In: Coles, E.H. (ed.)
Veterinary Clinical Pathology. W.B. Saunders, Philadelphia, PA.
331–391.

95. Morgan, B.B. and Hawkins, P.A. (1949) Veterinary Helminthology.
Burgess, Minneapolis, MN. 400 pages.

96. Turkowicz, M. and Cielecka, D. (2002) Prevalence of intestinal nema-
todes in dogs from Warsaw Region. Wiad. Parazytol. 48, 407–411.

97. Coggins, J.R. (1998) Effect of season, sex, and age on prevalence of
parasitism in dogs from southeastern Wisconsin. J. Helm. Soc. Wash.
65, 219–224.

98. Pahari, T.K. and Sasmal, N.K. (1990) Infection of Japanese quail with
Toxocara canis larvae and establishment of patent infection in pups.
Vet. Parasitol. 35, 357–364.

572 FLYNN’S PARASITES OF LABORATORY ANIMALS

99. Acharya, S., Sasmal, N.K., Jana, D.N., and Roy, S. (2002) Migratory
behaviour of Toxocara canis larvae in piglets and establishment of
patent infection in pups. J. Vet. Parasitol. 16, 157–161.

100. Burke, T.M. and Roberson, E.L. (1985) Prenatal and lactational trans-
mission of Toxocara canis and Ancylostoma caninum: experimental
infection of the bitch at midpregnancy and at parturition. Int. J. Para-
sitol. 15, 485–490.

101. Burke, T.M. and Roberson, E.L. (1985) Prenatal and lactational trans-
mission of Toxocara canis and Ancylostoma caninum: experimental
infection of the bitch before pregnancy. Int. J. Parasitol. 15, 71–75.

102. Douglas, J.R. and Baker, N.F. (1959) The chronology of experimental
intrauterine infections with Toxocara canis (Werner, 1782) in the dog.
J. Parasitol. 45, 43.

103. Nobel, W.E.L., Robben, S.R.M., Dopfer, D., Hendrikx, W.M.L.,
Boersema, J.H., Fransen, F., et al. (2004) Infections with endoparasites
in dogs in Dutch animal shelters. Tijdschr. Diergeneeskd.129, 40–44.

104. Bloom, F. (1965) Spontaneous renal lesions. In: Ribelin W.E. and
McCoy J.R (eds.) The Pathology of Laboratory Animals. Charles C.
Thomas, Springfield, IL, 93–123.

105. Vossmann, T. and Stoye, M. (1986) Clinical, haematological and sero-
logical findings in puppies after prenatal infection with Toxocara canis.
J. Vet. Med. B. Infect. Dis. Vet. Public Health 33, 574–585.

106. Epe, C., Pankow, W.R., Hackbarth, H., Schnieder, T., and Stoye, M.
(1995) A study on the prevention of prenatal and galactogenic Toxo-
cara canis infections in pups by treatment of infected bitches with iver-
mectin or doramectin. Appl. Parasitol. 36, 115–123.

107. Payne Johnson, M., Maitland, T.P., Sherington, J., Shanks, D.J.,
Clements, P.J.M., Murphy, M.G., et al. (2000) Efficacy of selamectin
administered topically to pregnant and lactating female dogs in the
treatment and prevention of adult roundworm (Toxocara canis) infec-
tions and flea (Ctenocephalides felis felis) infestations in the dams and
their pups. Vet. Parasitol. 91, 347–358.

108. Despommier, D. (2003) Toxocariasis: clinical aspects, epidemiology,
medical ecology, and molecular aspects. Clin. Microbiol. Rev. 16,
265–272.

109. Gottstein, B. (1987) Clinical, haematological and serological findings
in puppies after different intensity of milk-borne challenge with Ancy-
lostoma caninum. Thesis, Tierarztliche Hochschule Hannover, 86
pages.

110. Meyer, O.K.H. (1988) Trials of ivermectin treatment of bitches for the
prevention of galactogenic infection of puppies with Ancylostoma can-
inum. Thesis, Tierarztliche Hochschule Hannover, 112 pages.

111. Rosler, K. (1998) Efficacy of moxidectin on reactivated somatic larvae
of Ancylostoma caninum Ercolani 1859 (Ancylostomatidae) in preg-
nant bitches. Thesis, Tierarztliche Hochschule Hannover, 90 pages.

112. Schnieder, T., Lechler, M., Epe, C., Kuschfeldt, S., and Stoye, M.
(1996) The efficacy of doramectin on arrested larvae of Ancylostoma
caninum in early pregnancy of bitches. J. Vet. Med. Ser. B 43, 351–356.

113. Smith, G.C., Gangadharan, B., Taylor, Z., Laurenson, M.K., Brad-
shaw, H., Hide, G., et al. (2003) Prevalence of zoonotic important
parasites in the red fox (Vulpes vulpes) in Great Britain. Vet. Parasitol.
118, 133–142.

114. Vanparijs, O., Hermans, L., and Flaes, L.V.D. (1991) Helminth and
protozoan parasites in dogs and cats in Belgium. Vet. Parasitol. 38,
67–73.

115. Gibbs, H.C. (1958) On the gross and microscopic lesions produced
by the adults and larvae of Dochmoides stenocephala (Railliet, 1884) in
the dog. Can. J. Comp. Med. Vet. Sci. 22, 382–385.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 572



116. Gibbs, H.C. (1961) Studies on the life cycle and developmental mor-
phology of Dochmoides stenocephala (Railliet, 1884) (Ancylostomidae:
Nematoda). Can. J. Zool. 39, 325–348.

117. Feilke, M. (1985) Studies on the possibility of prenatal and lactogenic
infections of Uncinaria stenocephala in beagles. Thesis, Tierarztliche
Hochschule Hannover, 66 pages.

118. Walker, M.J. and Jacobs, D.E. (1985) Pathophysiology of Uncinaria
stenocephala infections of dogs. Vet. Ann. 25, 263–271.

119. Greve, J.H. (1985) Identifying nematode larvae in feces of dogs and
cats. Iowa State Univ. Vet. 47, 98–101.

120. Georgi, J.R. and Anderson, R.C. (1975) Filaroides hirthi sp.n. (Nema-
toda: Metastrongyloidea) from the lung of the dog. J. Parasitol. 61,
337–339.

121. Vajner, L., Vortel, V., and Brejcha, A. (2000) Lung filaroidosis in the
beagle dog breeding colony. Vet. Med. 45, 25–30.

122. Georgi, J.R., Georgi, M.E., Fahnestock, G.R., and Theodorides, V.J.
(1979) Transmission and control of Filaroides hirthi lungworm infec-
tion in dogs. Am. J. Vet. Res. 40, 829–831.

123. Georgi, J.R., Fahnestock, G.R., Bohm, M.F.K., and Adsit, J.C. (1979)
The migration and development of Filaroides hirthi larvae in dogs.
Parasitology 79, 39–47.

124. Rendano, V.T., Georgi, J.R., Fahnestock, G.R., and King, J.M. (1979)
Filaroides hirthi lungworm infection in dogs: its radiographic appear-
ance. J. Am. Vet. Rad. Soc. 20, 2–9.

125. Genta, R.M. and Schad, G.A. (1984) Filaroides hirthi: hyperinfective
lungworm infection in immunosuppressed dogs. Vet. Pathol. 21,
349–354.

126. Carrasco, L., Hervas, J., Gomez Villamandos, J.C., Chacon, M.D.L.F.,
and Sierra, M.A. (1997) Massive Filaroides hirthi infestation associated
with canine distemper in a puppy. Vet. Rec. 140, 72–73.

127. Erb, H.N. and Georgi, J.R. (1982) Control of Filaroides hirthi in com-
mercially reared Beagle dogs. Lab. Anim. Sc. 32, 394–396.

128. Bauer, C. and Bahnemann, R. (1996) Control of Filaroides hirthi
infections in beagle dogs by ivermectin. Vet. Parasitol. 65, 269–273.

129. Mills, J.H.L. and Nielsen, S.W. (1966) Canine Filaroides osleri and
Filaroides milksi infection. J. Am. Vet. Med. Assoc. 149, 56–63.

130. Bredal, W., Gjerde, B., Heiene, R., and Press, C. (1999) First verified
case of Oslerus osleri infection in a dog from Norway. Eur. J. Comp.
Anim. Pract. 9, 77–82.

131. Dunsmore, J.D. and Burt, R.J. (1972) Filaroides osleri in dingoes in
south-eastern Australia. Aust. Vet. J. 48, 548–551.

132. Henke, S.E., Pence, D.B., and Bryant, F.C. (2002) Effect of short-
term coyote removal on populations of coyote helminths. J. Wildl. Dis.
38, 54–67.

133. Kotani, T., Horie, M., Yamaguchi, S., Tsukamoto, Y., Onishi, T.,
Ohashi, F., et al. (1995) Lungworm, Filaroides osleri, infection in a dog
in Japan. J. Vet. Med. Sci. 57, 573–576.

134. Weston, R. (1975) Endoparasites in dogs supplied for laboratory use.
1. The incidence of infestation. 2. Effectiveness of quarantine. Anim.
Technol. 26, 69–77.

135. Dorrington, J.E. (1968) Studies on Filaroides osleri infestation in dogs.
Onderstepoort J. Vet. Res. 35, 225–286.

136. Levitan, D.M., Matz, M.E., Findlen, C.S., and Fister, R.D. (1996)
Treatment of Oslerus osleri infestation in a dog: case report and litera-
ture review. J. Am. Anim. Hosp. Assoc. 32, 435–438.

137. Gahlod, B.M., Kolte, S.W., and Kurkure, N.V. (2002) Treatment of
canine Oslerus osleri infection with doramectin—a case report. Indian
Vet. J. 79, 168–169.

PARASITES OF DOGS 573

138. Auro de Ocampo, A. and Dominguez, O.J. (1978) The findings of
Filaroides osleri in dogs used for research. A description of 6 cases. Vet.
Mexico 9, 105–110.

139. Bailey, W.S. (1963) Parasites and cancer: Sarcoma in dogs associated
with Spirocerca lupi. Ann. N.Y. Acad. Sci. 108, 890–923.

140. Minnaar, W.N., Krecek, R.C., and Fourie, L.J. (2002) Helminths in
dogs from a peri-urban resource-limited community in Free State
Province, South Africa. Vet. Parasitol. 107, 343–349.

141. Harmelin, A., Perl, S., Yakobson, B., Markovics, A., and Orgad, U.
(1991) Spirocerca lupi—review and occurrence in Israel. Israel J. Vet.
Med. 46, 69–73.

142. Oliveira Sequeira, T.C.G., Amarante, A.F.T., Ferrari, T.B., and Nunes,
L.C. (2002) Prevalence of intestinal parasites in dogs from Sao Paulo
State, Brazil. Vet. Parasitol. 103, 19–27.

143. Choo, L.N. (1987) Gastrointestinal helminths of dogs and cats in Sin-
gapore. Singapore Vet. J. 10–11, 12–24.

144. Gupta, V.P. and Pande, B.P. (1962) A note on pulmonary spirocercosis
in a dog. J. Parasitol. 48, 505–506.

145. Johnson, R.C. (1992) Canine spirocercosis and associated esophageal
sarcoma. Comp. Contin. Educ. Pract. Vet. 14, 577–580.

146. Ivoghli, B. (1977) Fatal aortic aneurysm and rupture caused by Spiro-
cerca lupi in a dog. J. Am. Vet. Med. Assoc. 170, 834.

147. Ranen, E., Lavy, E., Aizenberg, I., Perl, S., and Harrus, S. (2004)
Spirocercosis-associated esophageal sarcomas in dogs: a retrospective
study of 17 cases (1997–2003). Vet. Parasitol. 119, 209–221.

148. Brodey, R.S. (1971) Hypertrophic osteoarthropathy in the dog: a clin-
icopathologic survey of 60 cases. J. Am. Vet. Med. Assoc. 159,
1242–1256.

149. Michal Mazaki, T., Baneth, G., Itamar, A., Harrus, S., Kass, P.H., Tomer,
B.A., et al. (2002) Canine spirocercosis: clinical, diagnostic, pathologic,
and epidemiologic characteristics. Vet. Parasitol. 107, 235–250.

150. Markovics, A. and Medinski, B. (1996) Improved diagnosis of low
intensity Spirocerca lupi infection by the sugar flotation method. J. Vet.
Diag. Invest. 8, 400–401.

151. Mylonakis, M.E., Rallis, T.S., Koutinas, A.F., Ververidis, H.N., and
Fytianou, A. (2004) A comparison between ethanol-induced chemical
ablation and ivermectin plus prednizolone in the treatment of sympto-
matic esophageal spirocercosis in the dog: a prospective study on 14
natural cases. Vet. Parasitol. 120, 131–138.

152. Lavy, E., Aroch, I., Bark, H., Markovics, A., Aizenberg, I., Mazaki
Tovi, M., et al. (2002) Evaluation of doramectin for the treatment of
experimental canine spirocercosis. Vet. Parasitol. 109, 65–73.

153. Lavy, E., Harrus, S., Mazaki Tovi, M., Bark, H., Markovics, A.,
Hagag, A. et al. (2003) Spirocerca lupi in dogs: prophylactic effect of
doramectin. Res. Vet. Sci. 75, 217–222.

154. Lindsey, J.R. (1965) Identification of canine microfilariae. J. Am. Vet.
Med. Assoc. 146, 1106–1114.

155. Morgan, H.C. (1966) Canine blood parasites: Filariasis. Vet. Med. 61,
829–841.

156. Lindemann, B.A. and McCall, J.W. (1984) Experimental
Dipetalonema reconditum infections in dogs. J. Parasitol. 70, 167–168.

157. Morgan, H.C. (1966) Canine blood parasites: Filariasis. Vet. Med. 61,
829–841.

158. Lok, J.B., Boreham, P.F.L., and Atwell, R.B. (1988) Dirofilaria sp.:
taxonomy and distribution. In: Dirofilariasis, CRC Press, Boca Raton,
FL, 1–28.

159. Lindsey, J.R. (1965) Identification of canine microfilariae. J. Am. Vet.
Med. Assoc. 146, 1106– 1114.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 573



160. Jackson, R.F., von Lichtenberg, F., and Otto, G.F. (1962) Occurrence
of adult heartworms in the venae cavae of dogs. J. Am. Vet. Med. Assoc.
141, 117–121.

161. Kotani, T. and Powers, K.G. (1982) Developmental stages of Dirofi-
laria immitis in the dog. Am. J. Vet. Res. 43, 2199–2206.

162. Otto, G.F. and Jackson, R.F. (1969) Pathology of heartworm disease.
J. Am. Vet. Med. Assoc. 154, 370–373.

163. Rawlings, C.A. (2002) Effect of monthly heartworm preventatives on
dogs with young heartworm infections. J. Am. Anim. Hosp. Assoc. 38,
311–314.

164. Grauer, G.F., Culham, C.A., Dubielzig, R.R., Longhofer, S.L., and
Grieve, R.B. (1989) Experimental Dirofilaria immitis-associated
glomerulonephritis induced in part by in situ formation of immune
complexes in the glomerular capillary wall. J. Parasitol. 75, 585–593.

165. Godfrey, W.D., Neely, W.A., Elliott, R.L., and Grogan, J.B. (1966)
Canine heartworms in experimental cardiac and pulmonary surgery. J.
Surg. Res. 6, 331–336.

166. Ciferri, F. (1982) Human pulmonary dirofilariasis in the United
States: a critical review. Am. J. Trop. Med. Hyg. 31, 302–308.

167. Levine, N.D. (1980) Nematode Parasites of Domestic Animals and Man,
Burgess Publishing Co., Minneapolis, MN, 477 pages.

168. Burrows, R.B. (1965) Microscopic Diagnosis of the Parasites of Man.
Yale University Press, New Haven, CT. 328 pages.

169. Segovia, J.M., Torres, J., and Miquel, J. (2004) Helminth parasites of
the red fox (Vulpes vulpes L., 1758) in the Iberian Peninsula: an ecolog-
ical study. Acta Parasitol. 49, 67–79.

170. Sauerland, D., Monrad, J., and Spohr, A. (2001) Incidence of
Trichuris vulpis and Capillaria aerophila in Danish kennel dogs. Dan.
Veterinaertidsskrift 84, 6–9.

171. Christenson, R.O. (1938) Life history and epidemiological studies on
the fox lungworm, Capillaria aerophila (Creplin, 1839). Livro jub.
Lauro Travassos Instituto Oswaldo Cruz, 119–136.

172. Packova, I. (1998) Case reports: diagnosis, therapy. A chronic cough
outbreak in a breeding kennel—pulmonary Capillaria infection. Vet-
erinarstvi 48, 516.

173. Romashov, B.V. (2000) Three capillariid species (Nematoda, Capil-
lariidae) of carnivores (Carnivora) and discussion of system and evolu-
tion of the nematode family Capillariidae. 1. Redescription of Eucoleus
aerophilus and E. boehmi. Zool. Zhurnal 79, 1379–1391.

174. Schoning, P., Dryden, M.W., and Gabbert, N.H. (1993) Identifica-
tion of a nasal nematode (Eucoleus boehmi) in greyhounds. Vet. Res.
Commun.17, 277–281.

175. Campbell, B.G. and Little, M.D. (1991) Identification of the eggs of a
nematode (Eucoleus boehmi) from the nasal mucosa of North Ameri-
can dogs. J. Am. Vet. Med. Assoc. 198, 1520–1523.

176. Evinger, J.V., Kazacos, K.R., and Cantwell, H.D. (1985) Ivermectin
for treatment of nasal capillariasis in a dog. J. Am. Vet. Med. Assoc. 186,
174–175.

177. Habermann, R.T. and Williams, F.P. Jr. (1958) The identification and
control of helminths in laboratory animals. J. Natl. Cancer Inst. 20,
979–1009.

178. Sreter, T., Szell, Z., Marucci, G., Pozio, E., and Varga, I. (2003)
Extraintestinal nematode infections of red foxes (Vulpes vulpes) in
Hungary. Vet. Parasitol. 115, 329–334.

179. Torres, J., Miquel, J., and Motje, M. (2001) Helminth parasites of the
eurasian badger (Meles meles L.) in Spain: a biogeographic approach.
Parasitol. Res. 87, 259–263.

180. Thiess, A., Schuster, R., Nockler, K., and Mix, H. (2001) Helminth
findings in indigenous raccoon dogs Nyctereutes procyonoides (Gray,
1834). Berl. Munch. Tierarztl. Wochenschr. 114, 273–276

574 FLYNN’S PARASITES OF LABORATORY ANIMALS

181. Segovia, J.M., Torres, J., Miquel, J., Llaneza, L., and Feliu, C. (2001)
Helminths in the wolf, Canis lupus, from north-western Spain. J.
Helminthol. 75, 183–192.

182. Enigk, K. (1950) Die biologie von Capillaria plica (Trichurioidea,
Nematodes). Zeitschrift Tropenmed. Parasitol. 1, 560–571.

183. Veen, L.V. (2002) Capillaria plica infection of the bladder of a shet-
land sheepdog. Tijdschr. Diergeneeskd. 127, 393–394.

184. Senior, D.F., Solomon, G.B., Goldschmidt, M.H., Joyce, T., and
Bovee, K.C. (1980) Capillaria plica infection in dogs. J. Am. Vet. Med.
Assoc. 176, 901–905.

185. Gillespie, D. (1983) Successful treatment of canine Capillaria plica
cystitis. Vet. Med. Sm. Anim. Clin. 78, 681–682.

186. Kirkpatrick, C.E. and Nelson, G.R. (1987) Ivermectin treatment of
urinary capillariasis in a dog. J. Am. Vet. Med. Assoc. 191, 701–702.

187. Gaafar, S.M. (1964) Internal parasitism of small animals. Vet. Med.
59, 907–913.

188. Kirkova, Z. (2003) Studies on the life cycle of Trichuris vulpis. Bulg. J.
Vet. Med. 6, 35–42.

189. Smith, H.A. and Jones, T.C. (1966) Veterinary Pathology. 3rd ed. Lea
and Febiger, Philadelphia, PA. 1192 pages.

190. Ruckstuhl, N., Deplazes, P., and Reusch, C. (2002) Clinical signs and
course of disease in dogs with Trichuris vulpis-infection. Kleintierpraxis
47, 19–26.

191. Bowman, D.D., Legg, W., and Stansfield, D.G. (2002) Efficacy of
moxidectin 6-month injectable and milbemycin oxime/lufenuron
tablets against naturally acquired Trichuris vulpis infections in dogs.
Vet. Ther. 3, 286–289.

192. Yorke, W. and Maplestone, P.A. (1926) The nematode parasites of ver-
tebrates. Blakiston, Philadelphia, PA. 536 pages.

193. Mech, L.D. and Tracy, S.P. (2001) Prevalence of giant kidney worm
(Dioctophyma renale) in wild mink (Mustela vison) in Minnesota. Am.
Midl. Nat. 145, 206–209.

194. Carvalho, C.T.D. and Vasconcellos, L.E.M. (1996) Disease, food and
reproduction of the maned wolf—Chrysocyon brachyurus (Illiger) (Car-
nivora, Canidae) in southeast Brazil. (1995) Rev. Bras. Zool. 12,
627–640.

195. Seville, R.S. and Addison, E.M. (1995) Nongastrointestinal helminths
in marten (Martes americana) from Ontario, Canada. J. Wildl. Dis. 31,
529–533.

196. Cersosimo, F., Soccol, V.T., Ohi, M., and Busetti, E.T. (1984) Diocto-
phyma renale in cats in Curitiba, Parana. In First veterinary research
meeting, State University of Londrina, Brazil, 26–30 Nov. 1984. 1984,
38; Supp. to Semina 5, (16). Dep. de Med. Vet. Univ. Est. de Londrina.

197. Unruh, D.H.A., King, J.E., Eaton, R.D.P., and Allen, J.R. (1973)
Parasites of dogs from Indian settlements in northwestern Canada: a
survey with public health implications. Can. J. Comp. Med. 37,
25–32.

198. Woodhead, A.E. (1950) Life history of the giant kidney worm, Dioc-
tophyma renale (Nematoda), of man and many other mammals. Trans.
Am. Microscop. Soc. 69, 21–46.

199. Measures, L.N. and Anderson, R.C. (1985) Centrarchid fish as
paratenic hosts of the giant kidney worm, Dioctophyma renale (Goeze,
1782), in Ontario, Canada. J. Wildl. Dis. 21, 11–19.

200. Hasegawa, H., Doi, T., Tochimoto, T., and Myata, A. (2002) Parasitic
helminths collected from the Japanese giant salamander, Andrias
japonicus (Temminck, 1837) (Amphibia: Cryptobranchidae), in
Japan. Comp. Parasitol. 69, 33–42.

201. Gargili, A., Firat, I., Toparlak, M., and Cetinkaya, H. (2002) First case
report of Dioctophyme renale (Goeze, 1782) in a dog in Istanbul,
Turkey. Turk Veterinerlik ve Hayvancilik Dergisi 26, 1189–1191.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 574



202. Gutierrez, Y., Cohen, M., and Machicao, C.N. (1989) Dioctophyme
larva in the subcutaneous tissues of a woman in Ohio. Am. J. Surg.
Pathol. 13, 800–802.

203. Wehr, E.E. (1965) Nematodes and acanthocephalids of poultry. In:
Biester, H.E. and Schwarte, L.H. (eds.) Diseases of Poultry. 5th ed.
Iowa State University Press, Ames IA. 965–1005.

204. Benbrook, E.A. and Sloss, M.W. (1961) Veterinary Clinical Parasitol-
ogy. 3rd ed. Iowa State University Press, Ames, IA. 240 pages.

205. Martinez, F.A. (1986) Acanthellae of Oncicola canis in armadilloes in
Argentina. Vet. Argentina 3, 272–275.

206. Goddard, J. (2003) Physician’s Guide to Arthropods of Medical Impor-
tance, CRC Press, Boca Raton, FL. 444 pages.

207. Chermette, R. (1989) A case of canine otitis due to screwworm,
Cochliomyia hominivorax, in France. Vet. Rec.124, 641.

208. Machado, M.L. da S. and Rodrigues, E.M.P. (2002) Use of niten-
pyram as a larvicide in canine myiasis caused by larvae of Cochliomyia
hominivorax. Acta Scientiae Veterinariae 30, 59–62.

209. Agrela, I., Sanchez, E., Gomez, B. and Feliciangeli, M.D. (2002)
Feeding behavior of Lutzomyia pseudolongipalpis (Diptera: Psychodi-
dae), a putative vector of visceral leishmaniasis in Venezuela. J. Med.
Entomol. 39, 440–445.

210. David, J.R., Stamm, L.M., Bezerra, H.S., Souza, R.N., Killick
Kendrick, R., and Lima, J.W.O. (2001) Deltamethrin-impregnated
dog collars have a potent anti-feeding and insecticidal effect on Lut-
zomyia longipalpis and Lutzomyia migonei. Mem. Inst. Oswaldo Cruz
96, 839–847.

211. Mercier, P., Jasmin, P., and Sanquer, A. (2003) Prevention of sand fly
attack by topical application of a permethrin/pyriproxyfen combina-
tion on dogs. Vet. Ther. 4, 309–316.

212. Kim, K.C., Pratt, H.D., and Stojanovich, C.J. (1986) The Sucking
Lice of North America. An Illustrated Manual for Identification, Pennsyl-
vania State University Press, University Park, PA. 241 pages.

213. Christensson, D., Zakrisson, G., Holm, B., and Gunnarsson, L.
(1998) Lice on dogs in Sweden. Sven. Vet. 50, 189–191.

214. Saito, T., Hashiguchi, M., Utsnomiya, K., Yamaashi, K., Yoshida, K.,
Ikeda, F., et al. (2003) Prevalence of ectoparasitoses in domestic dogs
and cats in Fukuyama City, Hiroshima Prefecture in 2002 (January-
December). J. Vet. Med. Japan 56, 801–804.

215. Gonzalez, A., del Castro , C., and Gonzalez, S. (2004) Ectoparasitic
species from Canis familiaris (Linne) in Buenos Aires province,
Argentina. Vet. Parasitol. 120, 123–129.

216. Beck, C.W. (2000) The efficacy of fipronil (Frontline R) against
ectoparasites: control of lice, mites and mallophages in diverse small
animals. Tierarztl. Umsch. 55, 244–250.

217. Hanssen, I., Mencke, N., Asskildt, H., Ewald Hamm, D., and Dorn,
H. (1999) Field study on the insecticidal efficacy of Advantage against
natural infestations of dogs with lice. Parasitol. Res. 85, 347–348.

218. Shanks, D.J., Gautier, P., McTier, T.L., Evans, N.A., Pengo, G., and
Rowan, T.G. (2003) Efficacy of selamectin against biting lice on dogs
and cats. Vet. Rec.152, 234–237.

219. Pollmeier, M., Pengo, G., Jeannin, P., and Soll, M. (2002) Evaluation
of the efficacy of fipronil formulations in the treatment and control of
biting lice, Trichodectes canis (De Geer, 1778) on dogs. Vet. Parasitol.
107, 127–136.

220. Endris, R.G., Reuter, V.E., Nelson, J., and Nelson, J.A. (2001) Effi-
cacy of a topical spot-on containing 65% permethrin against the dog
louse, Trichodectes canis (Mallophaga: Trichodectidae). Vet. Ther. 2,
135– 139.

221. White, S.D., Scott, K.V., and Cheney, J.M. (1995) Otobius megnini
infestation in three dogs. Vet. Dermatol. 6, 33–35.

PARASITES OF DOGS 575

222. Endris, R.G., Hair, J.A., Anderson, G., Rose, W.B., Disch, D., and
Meyer, J.A. (2003) Efficacy of two 65% permethrin spot-on formula-
tions against induced infestations of Ctenocephalides felis (Insecta:
Siphonaptera) and Amblyomma americanum (Acari: Ixodidae) on bea-
gles. Vet. Ther. 4, 47–55.

223. Steiert, J.G. and Gilfoy, F. (2002) Infection rates of Amblyomma amer-
icanum and Dermacentor variabilis by Ehrlichia chaffeensis and
Ehrlichia ewingii in Southwest Missouri. Vector Borne Zoonotic Dis. 2,
53–60.

224. Goldberg, M., Rechav, Y., and Durden, L.A. (2002) Ticks parasitizing
dogs in Northwestern Georgia. J. Med. Entomol. 39, 112–114.

225. Jacobson, R., McCall, J., Hunter, J., III, Alva, R., Irwin, J., Eschner,
A., et al. (2004) The ability of fipronil to prevent transmission of Bor-
relia burgdorferi, the causative agent of lyme disease to dogs. J. Appl.
Res. Vet. Med. 2, 39–45.

226. Hellmann, K., Knoppe, T., Krieger, K., and Stanneck, D. (2003)
European multicenter field trial on the efficacy and safety of a topical
formulation of imidacloprid and permethrin (AdvantixTM) in dogs
naturally infested with ticks and/or fleas. Parasitol. Res. 90, S125–126.

227. Endris, R.G., Matthewson, M.D., Cooke, D., and Amodie, D. (2002)
Repellency and efficacy of 65% permethrin and 9.7% fipronil against
Ixodes ricinus. Tierarztl. Umsch. 57, 556–566.

228. McCall, J.W., Alva, R., Irwin, J.P., Carithers, D., and Boeckh, A.
(2004) Comparative efficacy of a combination of fipronil/(S)-metho-
prene, a combination of imidacloprid/permethrin, and imidacloprid
against fleas and ticks when administered topically to dogs. J. Appl.
Res. Vet. Med. 2, 74–77.

229. Young, D.R., Arther, R.G., and Davis, W.L. (2003) Evaluation of K9
AdvantixTM vs. Frontline Plus(R) topical treatments to repel brown dog
ticks (Rhipicephalus sanguineus) on dogs. Parasitol. Res. 90, S116– 118.

230. Jernigan, A.D., McTier, T.L., Chieffo, C., Thomas, C.A., Krautmann,
M.J., Hair, J.A., et al. (2000) Efficacy of selamectin against experimen-
tally induced tick (Rhipicephalus sanguineus and Dermacentor vari-
abilis) infestations on dogs. Vet. Parasitol. 91, 359–375.

231. Fain, A. (1968) Etude de la variabilite de Sarcoptes scabiei avec une
revision des Sarcoptidae. Acta Zool. Pathol. Antverp. 47, 3–196.

232. Walton, S.F., Choy, J.L., Bonson, A., Valle, A., McBroom, J., Taplin,
D., et al. (1999) Genetically distinct dog-derived and human-derived
Sarcoptes scabiei in scabies-endemic communities in northern Aus-
tralia. Am. J. Trop. Med. Hyg. 61, 542–547.

233. Arlian, L.G., Runyan, R.A., Achar, S., and Estes, S.A. (1984) Survival
and infestivity of Sarcoptes scabiei var. canis and var. hominis. J. Am.
Acad. Dermatol. 11, 210–215.

234. Arlian, L.G., Morgan, M.S., Rapp, C.M., and Vyszenski Moher, D.L.
(1995) Some effects of sarcoptic mange on dogs. J. Parasitol. 81,
698–702.

235. Morris, D.O. and Dunstan, R.W. (1996) A histomorphological study
of sarcoptic acariasis in the dog: 19 cases. J. Am. Anim. Hosp. Assoc. 32,
119–124.

236. Hugnet, C., Bruchon Hugnet, C., Royer, H., and Bourdoiseau, G.
(2001) Efficacy of 1.25% amitraz solution in the treatment of general-
ized demodicosis (eight cases) and sarcoptic mange (five cases) in dogs.
Vet. Dermatol. 12, 89–92.

237. Hoh, W., Jeong, A., Jeong, H., Eom, K., Oh, T., Hoh, W.P., et al.
(2002) Efficacy of twice a week selamectin application as a treatment
for mixed canine scabies and ear mite infestation in a dog. J. Vet. Clin.
19, 401–404.

238. Koutinas, A.F., Saridomichelakis, M.N., Soubasis, N., Bornstein, S.,
and Koutinas, C.K. (2001) Treatment of canine sarcoptic mange with
fipronil spray: a field trial. Aust. Vet. Pract. 31, 115–119.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 575



239. Fourie, L.J., Rand, C.D., Heine, J., and du Rand, C. (2003) Evalua-
tion of the efficacy of an imidacloprid 10%/moxidectin 2.5% spot-on
against Sarcoptes scabiei var canis on dogs. Parasitol. Res. 90,
S135–136.

240. Bensignor, E. (2000) Treatment of canine scabies with bi-weekly
administrations of milbemycin oxime. Ann. Med. Vet. 144, 409–414.

241. Arlian, L.G., ChannaBasavanna, G.P., and Viraktamath, C.A. (1989)
Host-parasite interaction of Sarcoptes scabiei (Acari). Progress in Acarol-
ogy. 123, 131.

242. Marks, S.L., Moore, M.P., and Rishniw, M. (1994) Pneumonyssoides
caninum: the canine nasal mite. Comp. Contin. Educ. Pract. Vet.16,
577–583.

243. Baker, K.P., Evans, T.M., Gould, D.J., Hull, W.B., and Keegan, H.L.
(1956) A manual of parasitic mites of medical or economic impor-
tance. In Technical Publication of the national Pest Control Association.,
Inc. New York, 170 pages.

244. Saeki, H., Song, K., Pak, T., Uchida, A., Hayasaki, M., Song, K.H., et
al. (2004) Larvae of canine nasal mites (Pneumonyssoides caninum)
detected in a domestic dog. J. Jap. Vet. Med. Assoc. 57, 245–248.

245. Gunnarsson, L., Zakrisson, G., Lilliehook, I., Christensson, D.,
Rehbinder, C., and Uggla, A. (1998) Experimental infection of dogs
with the nasal mite Pneumonyssoides caninum. Vet. Parasitol. 77,
179–186.

246. Papazoglou, L.G., Plevraki, K., and Diakou, A. (2000) Rhinitis due to
Pneumonyssoides caninum in a dog. Aust. Vet. Pract. 30, 79–82.

247. Gunnarsson, L.K., Zakrisson, G., Egenvall, A., Christensson, D.A.,
and Uggla, A. (2001) Prevalence of Pneumonyssoides caninum infection
in dogs in Sweden. J. Am. Anim. Hosp. Assoc. 37, 331–337.

248. Rehbinder, C. and Karlsson, T. (2003) Treatment of canine nasal mite
infection. Sven. Vet. 55, 19–22.

249. Foxx, T.S. and Ewing, S.A. (1969) Morphologic features, behavior,
and life history of Cheyletiella yasguri. Am. J. Vet. Res. 30, 269–285.

250. White, S.D., Rosychuk, R.A.W., and Fieseler, K.V. (2001) Clinico-
pathologic findings, sensitivity to house dust mites and efficacy of
milbemycin oxime treatment of dogs with Cheyletiella sp. infestation.
Vet. Dermatol. 12, 13–18.

251. Mueller, R.S. and Bettenay, S.V. (2002) Efficacy of selamectin in the
treatment of canine cheyletiellosis. Vet. Rec. 151, 773.

252. Endris, R.G., Reuter, V.E., Nelson, J.D., and Nelson, J.A. (2000) Effi-
cacy of 65% permethrin applied as a topical spot-on against walking
dandruff caused by the mite, Cheyletiella yasguri, in dogs. Vet. Ther. 1,
273–279.

253. Chadwick, A.J. (1997) Use of a 0.25% fipronil pump spray formula-
tion to treat canine cheyletiellosis. J. Sm. Anim. Pract. 38, 261–262.

254. Paradis, M. and Villeneuve, A. (1988) Efficacy of ivermectin against
Cheyletiella yasguri infestation in dogs. Can. Vet. J. 29, 633–635.

255. Wagner, R. and Stallmeister, N. (2000) Cheyletiella dermatitis in
humans, dogs and cats. Br. J. Dermatol. 143, 1110–1112.

256. Koutz, F.R., Groves, H.F., and Gee, C.M. (1960) A survey of Demodex
canis in the skin of clinically normal dogs. Vet. Med. 55, 52–53.

257. Unsworth, K. (1946) Studies on the clinical and parasitological aspects
of canine demodectic mange. J. Comp. Pathol. Ther. 56, 114–127.

258. Greve, J.H. and Gaafar, S.M. (1966) Natural transmission of
Demodex canis in dogs. J. Am. Vet. Med. Assoc.148, 1043–1045.

259. Baker, K.P. (1969) The histopathology and pathogenesis of demodeco-
sis of the dog. J. Comp. Pathol. 79, 321–327.

260. Solcan, G., Carp Carare, M., Guguianu, E., Timofte, D., Carp Carare,
C., and Solcan, C. (2001) Updates in therapy of canine secondary
deep pyoderma. Lucrai Stiinifice Medicina Veterinara, Universitatea de

576 FLYNN’S PARASITES OF LABORATORY ANIMALS

Stiinte Agricole si Medicina Veterinara “Ion Ionescu de la Brad” Iasi 44,
329–334.

261. Mueller, R.S. (2004) Treatment protocols for demodicosis: an evi-
dence-based review. Vet. Dermatol.15, 75–89.

262. Sambon, L.W. (1922) A synopsis of the family Linguatulidae. J. Trop.
Med.Hyg. 25, 188–206, 391– 428.

263. Paoletti, B., Peli, A., Traversa, D., and Ragaini, L. (2003) Linguatulo-
sis in dogs. Review of the literature and report of a case in Abruzzo.
Obiettivi e Documenti Veterinari 24, 37–43.

264. Lombardero, O.J. and Santa Cruz, A.M. (1986) Parasites of stray dogs
in the city of Corrientes (Argentina). Changes over a 25 year-period.
Vet. Argentina 3, 888–892.

265. Meshgi, B. and Asgarian, O. (2003) Prevalence of Linguatula serrata
infestation in stray dogs of Shahrekord, Iran. J. Vet. Med. Ser.B 50,
466–467.

266. Egelund, T. and Dietz, H.H. (2002) Nasal worms in dogs. Detection
of the nasal worm Linguatula serrata (Frohlich 1789) in 2 dogs
imported from Nepal. Dan. Vet. 85, 22–23.

267. Hobmaier, A. and Hobmaier, M. (1940) On the life-cycle of Linguat-
ula rhinaria. Am. J. Trop. Med. 20, 199–210.

268. Tavasouli, M., Javadi, S., and Hadian, M. (2001) Experimental infec-
tion and study of life cycle of Linguatula serrata in dogs. J. Fac. Vet.
Med. Univ. Tehran 56, 1–3.

269. Negrea, O., Miclaus, V., Rotaru, O., and Cozma, V. (1998)
Histopathological aspects of nasal Linguatula infection in dogs. Rev.
Rom. Med. Vet. 8, 51–58.

270. Maleky, F. (2001) A case report of Linguatula serrata in human throat
from Tehran, central Iran. Indian J. Med. Sci. 55, 439–441.

271. Xiao, S., Yang, Y., Zhang, C. and You, J. (1996) Microscopic observa-
tions on livers of rabbits and dogs infected with Schistosoma japonicum
cercariae and early treatment with artemether or praziquantel. Acta
Pharmacol. Sinica 17, 167–170.

272. Rim, H.J. (2005) Clonorchiasis: an update. J. Helminthol. 79,
269–281.

273. Padgett, K.A. and Boyce, W.M. (2004) Life-history studies on two
molecular strains of Mesocestoides (Cestoda: Mesocestoididae): identifi-
cation of sylvatic hosts and infectivity of immature life stages. J. Para-
sitol. 90, 108–113.

274. Deplazes, P., Hegglin, D., Gloor, S., and Romig, T. (2004) Wilderness
in the city: the urbanization of Echinococcus multilocularis. Trends Par-
asitol. 20, 77–84.

275. Bowman, D.D. (1992) Hookworm parasites of dogs and cats. Comp.
Contin. Educ. Pract. Vet. 14, 585–595.

276. Vetter, J.C.M. and Linden, M.E.L. (1977) Skin penetration of infective
hookworm larvae. III. Comparative studies on the path of migration of
the hookworms Ancylostoma braziliense, Ancylostoma ceylanicum, and
Ancylostoma caninum. Zeitschr. Parasitenkd 53, 155–158.

277. Costa, J.O., Costa, H.M. de A., and Guimaraes, M.P. (2003)
Redescription of Angiostrongylus vasorum (Baillet, 1866) and system-
atic revision of species assigned to the genera Angiostrongylus Kamen-
sky, 1905 and Angiocaulus Schulz, 1951. Rev. Med. Vet. 154, 9–16.

278. Kelly, W.R., Waddell, A.H., and Mason, K.V. (1977) Naturally
acquired Angiostrongylus cantonensis infection: a cause of ascending
paralysis in pups in the Brisbane area. II. Clinical pathology and post
mortem findings. In Proceedings of the 54th Annual Conference, Perth,
9–13 May 1977, 73–74.

279. Kim, D.Y., Stewart, T.B., Bauer, R.W., and Mitchell, M. (2002) Paras-
trongylus (=Angiostrongylus) cantonensis now endemic in Louisiana
wildlife. J. Parasitol. 88, 1024–1026.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 576



280. McGarry, J.W., Martin, M., Cheeseman, M.T., and Payne Johnson,
C.E. (1995) Crenosoma vulpis, the fox lungworm, in dogs. Vet. Rec.
137, 271–272.

281. Pearce, J.R., Hendrix, C.M., Allison, N., and Butler, J.M. (2001)
Macracanthorhynchus ingens infection in a dog. J. Am. Vet. Med. Assoc.
219, 194–196.

282. Rim, H.J. (2005) Clonorchiasis: an update. J. Helminthol. 79,
269–281.

283. Upatham, E.S. and Viyanant, V. (2003) Opisthorchis viverrini and
opisthorchiasis: a historical review and future perspective. Acta Trop.
88, 171–176.

284. Willie, S.M. and Snyder, R.N. (1977) The identification of Parago-
nimus westermanii in bronchial washings. Case report. Acta Cytol. 21,
101–102.

285. Sumanth, S., D’Souza, P.E., and Jahannath, M.S. (2004) A study of
nasal and visceral schistosomosis in cattle slaughtered at an abattoir in
Bangalore, South India. Rev. Sci. Tech. 23, 937–942.

286. Jayewardene, L.G. (1962) On two filarial parasites from dogs from
Ceylon, Brugia ceylonensis n. sp. and Dipetalonema sp. J. Helminthol.
36, 269–280.

287. Snowden, K.F. and Hammerberg, B. (1989) The lymphatic pathology
of chronic Brugia pahangi infection in the dog. Trans. R. Soc. Trop.
Med. Hyg. 83, 670–678.

288. Craig, H.L. and Craig, P.S. (2005) Helminth parasites of wolves (Canis
lupus): a species list and an analysis of published prevalence studies in
Nearctic and Palearctic populations. J. Helminthol. 79, 95–103.

289. Todd, K.S. Jr., Bergeland, M.E., and Hickman, G.R. (1975)
Amphimerus pseudofelineus infection in a cat. J. Am. Vet. Med. Assoc.
166, 458–459.

290. Robinson, R.D., Thompson, D.L., and Lindo, J.F. (1989) A survey of
intestinal helminths of well-cared-for dogs in Jamaica, and their
potential public health significance. J. Helminthol. 63, 32–38.

291. Wootton, D.M. (1957) The life history of Cryptocotyle concavum
(Creplin, 1825) Fischoeder, 1903 (Trematoda: Heterophyidae). J.
Parasitol. 43, 271–279.

292. Sahai, B.N. and Srivastava, H.D. (1970) Studies on Echinochasmus
perfoliatus (Ratz, 1908) Dietz, 1909: incidence in dogs and develop-
ment of themiracidium. J. Helminthol. 44, 315–330.

293. Macpherson, C.N. (2005) Human behaviour and the epidemiology of
parasitic zoonoses. Int. J. Parasitol. 35, 1319–1331.

294. Himonas, C.A. (1964) Heterophyes heterophyes from dogs in Greece. J.
Parasitol. 50, 799.

295. Cho, S.Y., Kim, S.I., Earm, Y.E., and Ho, W.K. (1985) A preliminary
observation on watery content of small intestine in Metagonimus yoko-
gawai infected dog. Kisaengch’unghak Chapchi. 23, 175–177.

296. Jordan, H.E. and Ashby, W.T. (1957) Liver fluke (Metorchis conjunctus)
in a dog from South Carolina. J. Am. Vet. Med. Assoc. 131, 239–240.

297. Manfredi, M.T. and Oneto, M. (1997) Phagicola longa (Heterophyi-
dae) in dogs from Chile: morphological findings and taxonomical
problems. Parasitologia 39, 9–11.

298. Simpson, V.R., Gibbons, L.M., Khalil, L.F., and Williams, J.L. (2005)
Cholecystitis in otters (Lutra lutra) and mink (Mustela vison) caused by
the fluke Pseudamphistomum truncatum. Vet. Rec. 157, 49–52.

299. Mansour, N.S., Youssef, M. Awadalla, H.N., Hammouda, N.H., and
Boulos, L.M. (1981) Susceptibility of small laboratory animals to
Pygidiopsis genata (Trematoda: Heterophydae). J. Egypt. Soc. Parasitol.
11, 225–234.

300. Mahmoud, N.M., Abdel-Salam, F.A., Abdel-Gawad, A.F., and el-
Assaly, T.M. (1988) Heterophyid metacercarial cysts in Mugil at Cairo

PARASITES OF DOGS 577

with reference to Stictodora sawakinensis (Looss, 1899). J. Egypt. Soc.
Parasitol. 18, 591–597.

301. Stroud, R.K. (1978) Parasites and associated pathology observed in
pinnipeds stranded along the Oregon coast. J. Wildl. Dis. 14,
292–298.

302. Haralabidis, S.T., Papazachariadou, M.G., Koutinas, A.F., and Rallis,
T.S. (1988) A survey on the prevalence of gastrointestinal parasites of
dogs in the area of Thessaloniki, Greece. J. Helminthol. 62, 45–49.

303. Featherston, D.W. (1969) Taenia hydatigena. 1. Growth and develop-
ment of adult stage in the dog. Exp. Parasitol. 25, 329–338.

304. Edwards, G.T. and Herbert, I.V. (1981) Some quantitative characters
used in the identification of Taenia hydatigena, T. ovis, T. pisiformis and
T. multiceps adult worms, and T. multiceps metacestodes. J. Helminthol.
55, 1–7.

305. Flueck, W.T. and Jones, A. (2005) Potential existence of a sylvatic cycle
of Taenia ovis krabbei in Patagonia, Argentina. Vet. Parasitol. 135,
381–383.

306. Coman, B.J. and Rickard, M.D. (1975) The location of Taenia pisi-
formis, Taenia ovis and Taenia hydatigena in the gut of the dog and its
effect on net environmental contamination with ova. Z. Parasitenkd.
47, 237–248.

307. Daengsvang, S. (1981) Gnathostomiasis in Southeast Asia. Southeast
Asian J. Trop. Med. Public Health. 12, 319–332.

308. Theisen, S.K., LeGrange, S.N., Johnson, S.E., Sherding, R.G. and
Willard, M.D. (1998) Physaloptera infection in 18 dogs with intermit-
tent vomiting. J. Am. Anim. Hosp. Assoc. 34, 74–78.

309. Hatherhill, C.W. (1967) Diestecostoma mexicanum infestation of dogs.
Vet. Rec. 81, 262.

310. Schmidt, J.M. and Todd, K.S. (1978) Life cycle of Mesocestoides corti
in the dog (Canis familiaris). Am. J. Vet. Res. 39, 1490–1493.

311. Huang, Y.Y., Ikeuchi, H., and Yuda, K. (1970) Case of Sparganum
mansoni infection and distribution of Diphyllobothrium erinacei in cats
and dogs in Miyagi Prefecture. Igaku To Seibutsugaku 80, 121–124.

312. Doezie, A.M., Lucius, R.W., Aldeen, W., Hale, D.V., Smith, D.R.,
and Mamalis, N. (1996) Thelazia californiensis conjunctival infesta-
tion. Opthalmic Surg. Lasers 27, 716–719.

313. Otranto, D., Lia, R.P., Buono, V., Traversa, D., and Giangaspero, A.
(2004) Biology of Thelazia callipaeda (Spirurida, Thelaziidae) eye-
worms in naturally infected definitive hosts. Parasitology 129,
627–633.

314. Bolio, M.E., Montes, A.M., Alonso, F.D., Gutierrez, C., Bernal, L.J.,
Rodriguez-Vivas, R.I., et al. (2004) Prevalence of Dipetalonema dra-
cunculoides in dogs in Murcia, Spain. Vet. Rec. 154, 726–727.

315. Tarello, W. (2004) Identification and treatment of Dipetalonema gras-
sii microfilariae in a cat from central Italy. Vet. Rec. 155, 565–566.

316. Tarello, W. (2003) Dermatitis associated with Dirofilaria repens micro-
filariae in a dog from Rome. Vet. J. 165, 175–177.

317. Beyer, T.A., Pinckney, R.D., and Cooley, A.J. (1999) Massive Dracun-
culus insignis infection in a dog. J. Am. Vet. Med. Assoc. 214, 366–368.

318. Tirgari, M. and Radhakrishnan, C.V. (1975) A case of Dracunculus
medinensis in a dog. Vet. Rec. 96, 43–44.

319. Zlotorzycka, J., Modrzejewska, M., and Saxena, A.K. (1995) Hetero-
doxus spiniger (Boopiidae, Mallophaga) from Canis familiaris from
India in the light of scanning electron microscopes. Wiad Parazytol.
41, 455–462.

320. Kraft, W., Kraiss-Gothe, A., and Gothe, R. (1988) Otodectes cynotis
infestation of dogs and cats: biology of the agent, epidemiology,
pathogenesis and diagnosis and case description of generalized mange
in dogs. Tierarztl. Prax. 16, 409–415.

34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 577



34442 Ch 17 509-578.qxd  3/28/07  1:22 PM  Page 578



PROTOZOA 580
Phylum Sarcomastigophora 580

Class Mastigophora (flagellates) 580
Hemoflagellates 580

Leishmania spp. 580
Trypanosoma cruzi 580

Enteric flagellates 581
Giardia felis 581
Tetratrichomonas felistomae 581
Tritrichomonas foetus 582

Phylum Apicomplexa 582
Class Coccidia 582

Cryptosporidium felis 582
Isospora felis 582
Isospora rivolta 583
Toxoplasma gondii 584

Class Piroplasmidia 585
Cytauxzoon felis 585

TREMATODES 586
Family Dicrocoeliidae 586

Platynosomum fastosum 586
Family Opisthorchidae 587

Clonorchis sinensis 587
Opisthorchis tenuicollis 587

Family Troglotrematidae 587
Paragonimus sp. 587

CESTODES 588
Pseudophyllidea 588

Diphyllobothrium latum 588
Spirometra spp. 588

Cyclophyllidea 589
Dipylidium caninum 589
Taenia taeniaeformis 589

NEMATODES 590
Superfamily Ascaridoidea 590

Toxascaris leonina 590
Toxocara cati 590

Superfamily Strongyloidea 591
Ancylostoma braziliense 591
Ancylostoma tubaeforme 592

Superfamily Trichostrongyloidea 593
Ollulanus tricuspis 593

Superfamily Metastrongyloidea 593
Aelurostrongylus abstrusus 593

Superfamily Spiruroidea 595
Physaloptera spp. 595

Superfamily Trichuroidea 595
Eucoleus aerophilus 595
Pearsonema feliscati 596

ARTHROPODS 596
Class Insecta 596

Order Diptera 596
Family Cuterebridae 596
Family Psychodidae 597

Order Phthiraptera 597
Felicola subrostratus 597

Order Siphonaptera 598
Ctenocephalides spp. 598

Class Arachnida 599
Mites 599

Suborder Prostigmata 599
Cheyletiella blakei 599
Demodex cati 599

Suborder Astigmata 600
Lynxacarus radovskyi 600
Notoedres cati 601
Otodectes cynotis 601

REFERENCES 611

C H A P T E R

18
Parasites of Cats

Dwight D. Bowman, MS, PhD

579

34442 Ch 18 579-616.qxd  3/28/07  3:35 PM  Page 579



PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Hemoflagellates
Leishmania spp. Morphology. Leishmania organisms in
the cat are ovoid and measure 2.5 µ to 5 µ long by 1.5 µ to
2 µ wide. The amastigote stage is present in the cat and is
morphologically indistinguishable from that of T. cruzi.
The amastigotes contain a nucleus and a large kinetoplast,
are found only in macrophages, and divide by binary
fission.

Hosts. Cats are susceptible to Leishmania spp. associ-
ated with both visceral and cutaneous forms of the disease1.
Dogs, opossums, sloths, primates, small rodents, and other
animals are the primary reservoirs of Leishmania spp. Infec-
tion by strains causing visceral disease have been reported in
cats from Europe, northern Africa, and the Middle East1,2,3.
Infection by strains causing cutaneous disease have been
reported in cats from Texas and South America4,5.

Life Cycle. Leishmania organisms are transmitted
between hosts by the bite of a sand fly, Phlebotomus spp. in
the Old World and Lutzomyia spp. in the New World. When
the flies bite an infected host, they ingest macrophages in the
skin that contain amastigotes (Figure 18.1). In the fly,
amastigotes transform into promastigotes that multiply by
binary fission. Promastigotes migrate to the salivary glands
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of the fly and are inoculated when the fly bites the next host.
In the cat, these transform back into amastigotes.

Pathologic Effects and Clinical Disease. Naturally
occurring visceral leishmaniasis has not been studied in
cats. Organisms have been seen in the spleen and bone mar-
row of experimentally infected cats2,6. In cutaneous disease,
parasites develop at the site of deposition by the fly, such as
on the nose and ears. Lesions present as non-healing,
chronically expanding dermal ulcers that do not respond to
therapies that target bacterial or fungal infections.

Diagnosis. Organisms can be found in stained smears
of material from ulcers or in biopsy specimens collected
from the affected organs. For a specific diagnosis, molecu-
lar techniques are used to determine the species or strain of
parasite present.

Treatment and Prevention. Treatment of visceral
leishmaniasis is difficult in all cases, and there have been
few attempts to treat infected cats. One cat was treated 
successfully with 20 injections of antimony compound (Glu-
cantime) over a period of 55 days7. In one case, cutaneous
lesions were excised by surgical removal of the affected
pinna. However, cutaneous lesions returned two years later
at the stump of the ear, and eventually, on the nose and
muzzle8. Housing cats in conditions that preclude the bites
of sand flies can prevent infection.

Public Health Considerations. Transmission of
infection from cats to animal workers requires the transfer 
of infective material through broken skin. Proper 
personal protection should greatly reduce the risk of 
transmission.

Trypanosoma cruzi. Morphology, Host, and Life
Cycle. The morphology, host distribution, and life cycle of
Trypanosoma cruzi are presented in Chapter 17, Parasites
of Dogs. Cats are commonly found infected in Latin
America. Prevalence rates of 2% to 50% have been
reported9,10.

Pathologic Effects and Clinical Disease. Try-
panosoma cruzi has only been reported on one occasion to
cause disease in a cat that presented with convulsions and
posterior paralysis11. However, it is possible that this is due
to little attention being paid to the feline as a host of these
parasites in the areas where it is common.

Diagnosis. Diagnosis is by identifying the organisms
in blood or organ smears or in tissue sections. Diagnosis
can also be made through the culture of the blood in liver
infusion tryptose (LIT) medium, or the use of xenodiag-
nosis, in which the intestinal tracts of clean bugs are
examined after feeding on suspected hosts. AdditionalTables are placed at the ends of chapters.

Fig. 18.1 Leishmania infantum. Amastigotes in impression smear.
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diagnostic methods include serology and polymerase chain
reaction (PCR) assay.

Treatment and Prevention. There is no effective
treatment for Trypanosoma cruzi infection in cats. Prevent-
ing infection is difficult to impossible in cats that are
allowed to dwell outside or hunt. Bugs should not gain
access to most animal facilities under laboratory condi-
tions. If cats have access to the outside, the facility should
be screened to exclude bugs and wild rodents.

Public Health Considerations. Random-source cats
acquired from areas enzootic for T. cruzi may arrive
infected. Animal workers could become infected through
contact with the blood of an infected animal, either
through a needle stick or by blood entering a wound. If
fights occur between cats, the blood from wounds must be
considered potentially infectious and handled with due
caution to protect personnel.

Enteric flagellates
Giardia felis. Morphology. The morphologic features of
the trophozoites and cysts of Giardia felis are similar to those
of G. canis, and are described in Chapter 17, Parasites of
Dogs.

Hosts. Formerly, it was thought that a single species
of Giardia infected most mammals, but recent molecular
evidence suggests that cats are host to a species different
from that found in humans or dogs12. Giardia felis lives in
the proximal small intestine of the host, and is one of the
most common parasites of the domestic cat. Prevalence
rates range from 1% to 50%, with infections seemingly
higher in cattery-housed, versus free-ranging, animals13.

Life Cycle. The life cycle is similar to that described
for G. canis. Cysts are infectious when passed in the feces.

Pathologic Effects and Clinical Disease. There is
little pathology associated with Giardia. Thus, the mecha-
nisms underlying the clinical signs have yet to be deter-
mined. Most cats remain asymptomatic, though infections
may persist for months to years. Others develop intermit-
tent to chronic diarrhea that is amenable to treatment.

Diagnosis. Fecal cysts are easily demonstrated in zinc
sulfate flotation. The motile trophozoites can be observed
in direct saline smears made from fresh, diarrheic feces. An
antigen detection test has been approved for the diagnosis
of the infection in the feces of cats13.

Treatment. Treatments effective against Giardia
include metronidazole and fenbendazole14,15. Cats should
be treated with both products simultaneously for five days.
If the cat remains positive after treatment, it is suggested
that the treatment be repeated for 10 days.
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Prevention. Preventing infection is difficult because
so many cats are infected, and re-infection appears com-
mon. In those situations where Giardia-free cats are
required, it may be necessary to use cesarean rederivation
and barrier housing. Treatment to eradicate G. felis from a
colony should include simultaneous treatment of all ani-
mals, along with daily bathing and transfer to clean cages.

Public Health Considerations. Giardia felis from cats
has been found in humans. However, most human Giardia
carriers are infected with the human species, G. lamblia. Cats
can also be infected with G. lamblia, but less commonly than
dogs16. Animal workers should practice personal hygiene
when cleaning or during handling and disposal of cat feces.

Tetratrichomonas felistomae. Morphology. Tropho-
zoites of Tetratrichomonas felistomae measure 6 µ to 11 µ
long and 3 µ to 5 µ wide. An axostyle runs the length of the
trophozoite, causing the posterior end to appear pointed.
Trophozoites bear four anteriorly directed free-flagella, and
a posteriorly directed flagellum attached by an undulating
membrane. The posterior flagellum may terminate at the
end of the undulating membrane or extend further as a
short, unattached portion.

Hosts and Life Cycle. Tetratrichomonas felistomae
inhabits the gingival border of cats. It remains uncertain
whether organisms of similar appearance in dogs are
the same or different species17. The life cycle is direct.
Trophozoites represent the only stage present, and divide by
binary fission. Transmission is by passage through saliva.

Pathologic Effects and Clinical Disease. Tetra-
trichomonas felistomae has been found in cats with gingivi-
tis and in normal cats. Thus, the pathogenic potential of 
T. felistomae is uncertain. It is possible that T. felistomae is a
commensal, and has simply been found in the mouths of
cats undergoing oral examination, or that the organisms
increase in number along areas of gingival inflammation. It
should be noted that cats with gingivitis often have under-
lying viral infections such as FIV, FeLV, and FIP18.

Diagnosis. The organisms can be found by placing a
small quantity of material from along the gum-line of a
suspect cat on a slide with saline and examining it with 
a microscope. The trichomonads move with a jerky, rapid,
movement of the flagella. The undulating can occasionally
be observed.

Treatment and Prevention. Improved dental hygiene
will probably remove T. felistomae. Prevention of transmis-
sion is very difficult in group-housed cats.

Public Health Considerations. Tetratrichomonas feli-
stomae does not infect humans.
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Tritrichomonas foetus. Morphology. Trophozoites of
Tritrichomonas foetus resemble those of Pentatrichomonas
hominis, and measure 15 µ long and 5 µ wide. There are
three anteriorly directed flagella and a posterior flagellum
that trails free. The undulating membrane runs nearly the
full length of the trophozoite. The costa at the anterior end
is prominent, and the axostyle is thick throughout its
length. There is no cyst stage.

Hosts and Life Cycle. Recent evidence suggests that
natural hosts of T. foetus also include cats and swine, in addi-
tion to cattle, the traditional host19. The life cycle is direct.
Transmission is fecal-oral, with trophozoites passing between
hosts. Trophozoites survive for short periods in fresh feces.

Pathologic Effects and Clinical Disease. Cats
infected with T. foetus develop large bowel diarrhea and
typically produce loose, pasty (“cow-pie”) feces that soils
the hair coat19. Diarrhea may be sporadic or persistent, and
does not always respond to therapy20.

Diagnosis. Trophozoites can be observed in fecal
smears prepared in saline rather than water. The tropho-
zoites are seen to swim with a directional motion which is
easily distinguished from the falling-leaf motion of G. felis
trophozoites. Infections in cats have also been diagnosed
using the In-Pouch TF kit (BioMed Diagnostics Inc.), typ-
ically used for diagnosing trichomoniasis in cattle21. The
kit facilitates culture of the agent and does not require the
preparation of special media or the use of special incuba-
tors. T. foetus may be detected using single-tube poly-
merase chain reaction assay22.

Treatment and Prevention. In those cases where
treatment is deemed necessary, some, but not all, infec-
tions may be cleared by treatment with metronidazole.
Routine cleaning and fecal disposal clears areas where cats
may become infected with trophozoites passed in the feces.

Public Health Considerations. It is unlikely that
humans are susceptible to infection with T. foetus. An
unusual and fatal case of meningoencephalitis in a human
has been reported. The patient had recently undergone
bone marrow transplantation and was immune sup-
pressed. Tritrichomonas foetus was recovered at autopsy.
However, the source of the infection was not identified23.

Phylum Apicomplexa

Class Coccidia

Cryptosporidium felis
Morphology. The oocysts of Cryptosporidium felis are the
smallest of the coccidial-like oocysts shed in cat feces.
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Oocysts are spheroid and 5 µ in diameter. They contain
four sporozoites, and are infectious when passed.

Hosts. Cats serve as the natural host of C. felis24.
Infections are common throughout the world25–27.

Life Cycle. The life cycle of C. felis is direct. Cats
become infected upon ingestion of sporulated oocysts in
cat feces. Oocysts release sporozoites in the small intestine,
and the free sporozoites then penetrate the epithelial cells
of the small intestine. Development occurs just under the
membrane of the infected cell. There are two schizogonous
cycles, followed by gametogony and oocyst production.

Pathologic Effects and Clinical Disease. Infection
causes loss of water balance in intestinal epithelial cells,
resulting in diarrhea28. Most cats actually show few signs of
infection unless they have been immunosuppressed or
have other underlying conditions such as a malignancy.

Diagnosis, Treatment, and Prevention. The small
fecal oocysts are best demonstrated using sugar flotation.
Antigen detection kits developed for use in human medi-
cine have also proven useful for diagnosing infections in
other animals. No drugs are effective against C. felis. Cats
have been treated with paromomycin, but this is not always
successful, and there are sometimes complications29.
Cryptosporidium felis is ideally suited for survival and trans-
mission within animal facilities. The oocysts are infectious
when passed and are moderately resistant to environmental
extremes. Most infections are asymptomatic; thus, the
entire colony may eventually become infected.

Public Health Considerations. Humans are not
natural hosts of C. felis. Rarely, however, infections have
been reported in immunocompromised humans30. Thus,
animal workers should exercise personal hygiene when
working with potentially infected cats.

Isospora (= Cystoisospora) felis
Morphology. Ocysts of Isospora felis are broadly ellipsoidal
to ovoid and measure 38 µ to 51 µ long by 27 µ to 39 µ
wide. The oocyst is not sporulated when passed in the
feces. After the oocyst sporulates, it contains two sporo-
cysts, each containing four sporozoites (Figure 18.2). The
sporocysts tend to be spheroid and measure 20 µ to 26 µ
long by 17 µ to 22 µ wide. The sporulated sporocyst con-
tains a prominent residuum and four sporozoites. The
sporocysts are 10 µ to 15 µ long.

Hosts. Cats are the only hosts of the sexual stages of
I. felis. Isospora felis has been found in the feces of cats
around the world27,31,32. Rodents, cows, and dogs have
been shown to be capable of serving as paratenic hosts33–35,
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therefore, some investigators place I. felis in the genus
Cystoisospora.

Life Cycle. Typically, the life cycle is direct35. Cats
become infected through ingestion of sporulated oocysts.
Cats can also be infected through the ingestion of rodents
or birds that harbor sporozoites. After ingesting an oocyst
or an infected paratenic host, schizogony and gametogony
occur in the duodenal or jejunal epithelium36. Oocysts
appear in the feces seven to 11 days after infection, and the
patent period is 10 to 11 days.

Pathologic Effects and Clinical Disease. Isospora
felis is moderately pathogenic in kittens older than six
weeks of age35,37,38. After infection, there is erosion of the
superficial epithelial cells, and then later destruction of the
mucosa. Clinical signs include soft, mucoid feces. In
younger kittens, the infection can induce enteritis, emacia-
tion, blood-tinged feces, and death.

Diagnosis. The oocyst in the feces of cats is easily
identified after floatation by its large size and distinctly
ovoid shape.

Treatment. Toltrazuril (10 to 30 mg/kg daily for three
days) or ponazuril (20 mg/kg daily for one to three days)
should clear animals of their infections39. However, the
shedding of any oocysts that are already formed will not be
affected by the administration of anticoccidials, because
these cannot penetrate the oocyst wall.

PARASITES OF CATS 583

Prevention. The oocysts require time in the external
environment to sporulate and become infectious. Sporula-
tion time ranges from eight hours at 38°C to 40 hours at
20°C, and several days at lower temperatures. The oocysts
are resistant to environmental extremes. Thus, animal
workers should take care not to bring oocysts into the ani-
mal facility on their shoes or clothing.

Public Health Considerations. Isospora felis is not
infectious to humans.

Isospora (= Cystoisospora) rivolta
Morphology. Oocysts of Isospora rivolta measure 23 µ to
29 µ long by 20 µ to 26 µ wide and are nearly spherical in
shape. There is no micropyle present, and inclusions, the
so-called “hazy bodies,” may be observed between the
sporont and the wall of the oocyst in freshly passed feces.
The hazy bodies degenerate as the sporont sporulates, and
the mature sporulated oocysts do not contain a residuum.
Each sporulated oocyst contains two sporocysts, and each
sporocyst contains four sporozoites.

Hosts. Cats are the only hosts for the sexual stages of
I. rivolta. Isospora rivolta has been found in the feces of cats
around the world27,31,32. Mice and other rodents, as well as
cows and opossums, have been found to serve as paratenic
hosts35,40. Thus, like I. felis, I. rivolta has been placed in the
genus Cystoisospora.

Life Cycle. The life cycle is similar to that of 
I. felis35,40. The prepatent period is four to seven days, and
the patent period is usually greater than two weeks.

Pathologic Effects. Infections with Isospora rivolta are
capable of causing disease in newborn, but not weaned,
kittens40. The lesions consist of congestion, erosion of the
intestinal epithelium, and villous atrophy.

Clinical Disease. Diarrhea can occur three to four
days after oocyst inoculation in newborn animals. Heavily
infected kittens may die. Animals inoculated at 10 to 13
weeks of age or older typically show no signs of infection.

Diagnosis, Treatment, and Prevention. The oocysts
can be found using flotation procedures, and are identified
by size. Treatment is as described for I. felis. The oocysts
require time in the external environment (24 hours at
24°C, 12 hours at 30°C, and 8 hours at 37°C) to sporulate
and become infectious. Thus, the removal of the feces on a
very regular basis prevents the oocysts from becoming
infectious. The oocysts are resistant to environmental
extremes; thus, it is important that animal workers take
care not to transport oocysts into the facility on shoes or
clothing.

Fig. 18.2 Isospora (= Cystoisospora) felis sporulated oocyst.
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Public Health Considerations. Humans are not
susceptible to infection with I. rivolta.

Toxoplasma gondii
Morphology. Oocysts of Toxoplasma gondii are spherical
to subspherical, and measure 11 µ to 13 µ in diameter
(Figure 18.3). Sporulated oocysts contain a residuum and
two sporocysts, both of which contain four sporozoites.
Oocysts of T. gondii are morphologically indistinguishable
from the other small oocysts passed in cat feces, i.e., Ham-
mondia hammondi and Besnoitia darlingi. The asexual
stages, the tachyzoites and bradyzoites, are crescent- or
banana-shaped and measure 4 µ to 8 µ long by 2 µ to 4 µ
wide.

Hosts. Cats and other felids are the only hosts in
which sexual reproduction of the parasite occurs. Many, if
not most, warm-blooded animals may serve as paratenic
hosts. Serological surveys reveal that a history of exposure
to T. gondii depends on the population of cats sampled,
that exposure is common, and that the percentage of cats
with a history of exposure increases as cats age41–44. Cats
from specific pathogen free (SPF) colonies are typically
free of infection with T. gondii. Other than very young kit-
tens, cats from random-source facilities should be assumed
to be infected until serological tests indicate otherwise.

Life Cycle. The life cycle of T. gondii may be direct or
indirect. Cats become infected by ingesting sporulated
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oocysts (direct) or infected paratenic hosts (indirect)45,46.
Following ingestion of oocysts, the prepatent period is 
18 days47, but is only three to 10 days for cats consuming
paratenic hosts. The patent period ranges from seven to 
20 days. Only about 20% of cats that ingest oocysts will
produce oocysts, while about 97% of cats fed tissues that
contain bradyzoites will produce oocysts. Cats may also be
congenitally infected, but the frequency of this mode of
infection is unknown48.

Pathologic Effects. Cats with disseminated disease
develop pathologic changes specific to the organ systems
involved49. Lesions are most commonly seen in the lungs,
and include diffuse edema and congestion, failure to col-
lapse, and discoloration. The liver may also be affected,
and diffuse necrotizing hepatitis may be visible grossly.
Ocular lesions, including uveitis and retinochoroiditis,
may occur commonly. The development of central nerv-
ous system disease is rare, and results in glial nodules and
necrotizing abscesses. In contrast, cats undergoing the
intestinal enteroepithelial cycle typically do not develop
intestinal pathology50 unless there is concurrent visceral
disease.

Clinical Disease. Cats with disseminated disease can
develop fever (40°C to 42°C), dyspnea, polypnea, icterus,
anorexia, lethargy, hypothermia, and sudden death51,52.
Rare central nervous system involvement results in neuro-
logic signs. As noted above, intestinal infection is generally
asymptomatic.

Diagnosis. Diagnosis is by demonstration of the
oocysts in the feces using routine flotation methods. Spe-
cific determination of T. gondii, if required, can be done by
mouse inoculation or polymerase chain reaction (PCR)
techniques. A diagnosis of disseminated disease must meet
three criteria, including: (1) clinical signs consistent with
the toxoplasmosis, (2) serologic evidence of recent or
active infection, and (3) positive response to anti-
Toxoplasma treatment or have organisms demonstrated in
biopsy specimens or body fluids. Typically, a high IgM
titer and low IgG titer indicate active infection. Organisms
can be detected in tissues by mouse inoculation, immuno-
histochemistry, PCR assay, or microscopic examination of
stained bronchiolar lavage or peritoneal aspirate material.

Treatment. The current drug of choice for dissemi-
nated toxoplasmosis in cats is clindamycin hydrochloride,
administered orally at 10 to 12 mg/kg twice daily for four
weeks. Ponazuril and toltrazuril may also be effective53,54.

Prevention. The best means of prevention in the
animal care facility is the routine cleaning of litter pans,

Fig. 18.3 Toxoplasma gondii unsporulated oocyst.
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especially in the case of cats that have been acquired
recently55. Oocysts sporulate within 24 hours at 25°C.
Oocysts survive well at 4°C, but cannot tolerate freezing,
and are killed within 24 hours at 37°C and within minutes
at 50°C.

Public Health Considerations. Toxoplasma gondii is a
significant zoonosis. Pregnant and immune-suppressed
people are at increased risk for serious disease. Under most
circumstances cats that have once shed oocysts of T. gondii
do not shed again56. However, immune suppression with
high daily doses of corticosteroids (10 to 80 mg/kg pred-
nisolone) can cause chronically infected cats to resume
oocyst shedding, but typical clinical doses of 5 to 20 mg/kg
corticosteroid given weekly for four weeks do not cause
oocyst excretion.

Infection with I. felis may facilitate a resumption of
excretion of T. gondii oocysts, while cats that become
infected with feline immunodeficiency virus do not
resume oocyst shedding. Animal workers should exercise
proper personal hygiene when working with potentially
infected cats. Regular cage cleaning and hand washing are
important and help prevent infections. Most laboratory
infections have resulted from accidental self-inoculation
via needle sticks. Thus, researchers should exercise extreme
caution when handling infectious material.

Class Piroplasmidia

Cytauxzoon felis
Morphology. Two life cycle stages of Cytauxzoon felis
occur in the cat57. Schizonts occur within histiocytes, and
macrophages present in the bone marrow, veins, and
venules of various organs, including the lungs, liver,
spleen, lymph nodes, brain, and kidneys (Figure 18.4).
Merozoites are produced later in the infection, and are
found in circulating red blood cells. Thus, merozoites may
not be found in the blood of cats with acute disease.

Hosts. The bobcat is the natural definitive host of 
C. felis. Other large exotic cats, as well as small domestic
cats, may also become infected. The prevalence of infec-
tion is high in the southeastern United States. Infections
have also been reported from cats in Mongolia, Spain,
Zimbabwe, and South Africa58–60. C. felis is transmitted by
ticks, and therefore is rare in research colony cats.

Life Cycle. Cats become infected through the bite of
the tick vector Dermacentor variabilis61. Schizonts develop
within macrophages, which become markedly enlarged. If
the cat survives for more than six days, erythrocytes become
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infected and the merozoite stage develops. It is thought that
blood-feeding ticks become infected as nymphs and trans-
mit the parasite to the next host as adults.

Pathologic Effects and Clinical Disease. Cats with
acute disease typically develop anemia, depression, fever,
dehydration, and icterus. The majority of cats die within
nine to 15 days of inoculation62,63. The cause of death is
occlusion of veins and venules with schizont-laden
macrophages. Hematologic changes may be severe, and
result from displacement of hematopoietic tissue within
the bone marrow. If the cat survives acute infection, the
small merozoites can be found in the red blood cells. Typi-
cally, no more than 1% to 4% of the red blood cells are
infected. Other pathologic findings include splenomegaly
and hepatomegaly. Some cats survive the infection without
treatment64.

Diagnosis, Treatment, and Prevention. During the
acute phase of the disease, organisms can be identified in
smears of bone marrow or in biopsy specimens. Chronic
disease is diagnosed by finding the merozoites in red blood
cells. There are no treatments that are consistently effica-
cious during the acute stage of the disease. Antiprotozoals
can be administered but the prognosis is poor. Supportive
care should be provided, and includes antibiotics to pre-
vent secondary bacterial infections. Exclusion of ticks from
the animal facility prevents the spread of infection from
random-source cats harboring C. felis at the time of entry
into the facility.

Public Health Considerations. Cytauxzoon felis does
not appear to be infectious to humans.

Fig. 18.4 Cytauxzoon felis schizonts in macrophages occluding the
lumen of a blood vessel in the lung of a naturally infected cat.
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TREMATODES

Family Dicrocoeliidae

Platynosomum fastosum

Morphology. Adult Platynosomum fastosum flukes are
lanceolate and measure 4 mm to 8 mm long by 1.2 mm to
2.5 mm wide (Figure 18.5)65, 66. The egg is brown, oval,
thick-shelled, and operculated. The egg measures 34 µ to
50 µ long by 20 µ to 35 µ wide.

Hosts. Platynosomum fastosum occurs in the gall-
bladder and bile duct of the cat in most regions of the
world67–71. It is common in the Caribbean, and in one 
survey, the prevalence in the Bahamas was 50%. It is less
common in the United States. Platynosomum fastosum
has also been reported from the American opossum, 
Didelphis virginiana.

Life Cycle. Eggs passed in the feces release miracidia,
which develop into cercariae in a snail intermediate host.
Cercariae leaving the snail are ingested by second interme-
diate hosts, terrestrial isopods (“pill bugs”), which are in
turn eaten by a paratenic host. These include lizards and
occasionally, frogs or toads, where the immature trema-
todes encyst in the common bile duct or gallbladder. Cats
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become infected by the ingestion of the paratenic host. If
fact, it is for this reason that infection with P. fastosum is
sometimes called “lizard poisoning.” The prepatent period
is eight weeks66.

Pathologic Effects and Clinical Disease. With
infection, the gallbladder and bile duct are distended, the
wall of the bile duct is thickened, and the liver is
enlarged72–74. Histologic lesions include hyperplasia of the
biliary epithelium, cellular infiltration of the lamina pro-
pria, and fibrosis of the duct wall (Figure 18.6)75. In heavy
infections, clinical signs include vomiting, diarrhea, ema-
ciation, jaundice, and death72–74.

Diagnosis and Treatment. Diagnosis is by demon-
strating the eggs in the feces or flukes in the gallbladder or
bile duct during surgery or necropsy, or in histologic sec-
tions. Praziquantel (20 mg/kg) markedly reduces the num-
ber of eggs shed by infected cats. For complete resolution,
worms may be surgically removed from the gallbladder.

Prevention. Because of the need for multiple interme-
diate hosts for completion of the life cycle, there is little
chance of the infection cycling within a facility. However, in
areas where the disease is common, random-source cats are
likely to be infected. It is important in those areas to prevent
the access of lizards to any outside pens where animals may
be held.

Fig. 18.5 Platynosomum fastosum adult. Reproduced from Lapage, G.
(1962) with permission.

Fig. 18.6 Platynosomum fastosum in the bile duct of a cat. Reproduced
from Greve, J.H. and Leonard, P.O. (1966) with permission.

34442 Ch 18 579-616.qxd  3/28/07  3:35 PM  Page 586



Public Health Considerations. Platynosomum fasto-
sum does not infect humans.

Family Opisthorchidae

Clonorchis sinensis

Morphology. Adult Clonorchis sinensis are lanceolate, have
a smooth tegument, and measure 10 mm to 35 mm long
by 3 mm to 5 mm wide76. The ventral sucker is small, the
vitellaria are lateral, and the egg-filled uterus fills the
middle of the anterior half of the body between the intes-
tinal ceca. The paired testes are in the posterior of the body
and are highly branched. The eggs have a thick shell with a
distinct, convex operculum, contain an asymmetrical
miracidium when passed in the feces, and measure 27 µ to
35 µ long by 12 µ to 20 µ wide (Figure 18.7).

Hosts. Clonorchis sinensis is capable of developing in
many fish-eating mammals, birds, and reptiles in Japan
and Southeast Asia77. Cats, dogs, and humans are com-
monly infected in endemic areas. The adults of these flukes
occur in the gall bladder, bile duct, and sometimes the
pancreatic ducts and small intestine.

Life Cycle. Eggs passed in the feces hatch following
ingestion by a suitable snail. They develop in the snail to
the cercarial stage, escape, and invade the flesh of a suitable
freshwater fish. The endothermal host becomes infected by
eating the fish. Metacercariae are released in the duode-
num and migrate up the bile duct. Egg production occurs
three to four weeks after infection; the complete life cycle
requires about four months.
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Pathologic Effects and Clinical Disease. In heavy
infections, C. sinensis causes catarrhal inflammation and
epithelial desquamation of the bile duct, variable cirrhosis,
passive congestion of the liver, and rarely, pancreatitis.
Clinical signs are usually absent in mild infections, but the
flukes can induce jaundice associated with bile stasis.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identification of the eggs in the feces or adult
worms in the bile duct at necropsy. Adult worms may also
be visualized with computed tomography. Infection with
C. sinensis can be eliminated with praziquantel (50 mg/kg).
Treatment is likely to require more than one dose78. There
is little chance of transmission taking place in the labora-
tory. Animals should not be fed raw fish.

Public Health Considerations. While humans are
susceptible to infection by C. sinensis, there is no concern
of transmission from cats to humans.

Opisthorchis tenuicollis

Opisthorchis tenuicollis closely resembles C. sinensis mor-
phologically and biologically. Thus, the reader is directed
to the preceding section on C. sinensis for information
equally applicable to O. tenuicollis. Adult flukes measure
7 mm to 18 mm long by 1.5 mm to 3 mm wide. The
paired testes are in the posterior of the body and are globu-
lar. The eggs measure 26 µ to 30 µ long by 11 µ to 15 µ
wide. Opisthorchis tenuicollis occurs in North America,
Europe, and Asia77,79. Pathologic changes, clinical find-
ings, diagnosis, treatment, prevention, and public health
considerations are similar to those of C. sinensis.

Family Troglotrematidae

Paragonimus sp.

Cats are susceptible to infection with Paragonimus kellicotti
and P. westermanii. The interested reader is directed to
Chapter 17, Parasites of Dogs, for general information con-
cerning these flukes. In the cat, gross lesions consist of focal
areas of emphysema and soft, dark red-to-brown cysts, 2 cm
to 3 cm in diameter, that are distributed throughout the lung
parenchyma (Figure 18.8)80. Incision of the cysts discloses
the flukes, usually one to three in each cyst (Figure 18.9).
Pleural adhesions sometimes occur. Histology of the lesions
reveals hyperplasia of the bronchial epithelium and submu-
cosal bronchial glands and focal areas of inflammation in the
lung parenchyma with clusters of fluke eggs (Figure 18.10).
Parasites in the lungs cause coughing, wheezing, moist
rales, and progressive emaciation. Occasionally, the youngFig. 18.7 Clonorchis sinensis egg.
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migrating flukes penetrate the pleura and cause pneumo-
thorax. This will also occasionally happen when a mature
cyst ruptures. On rare occasions, the flukes migrate to
ectopic locations such as the brain or liver, and these infec-
tions are associated with the disruption of function of
the organ involved. Infections can be treated through the
administration of fenbendazole (50 mg/kg/day for 14 days)
or praziquantel (50 mg/kg/day for three days)81,82.
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CESTODES

Pseudophyllidea

Diphyllobothrium latum

The biology of Diphyllobothrium latum is presented in
Chapter 17, Parasites of Dogs. Infections are common in
the small intestine of cats, other wild carnivores, and
humans in areas where pike, perch, and salmonid fishes are
found. It is most prevalent in the Great Lakes region of
North America, the Baltic region of northern Europe, the
lake regions of central Europe and southern Chile, and in
Japan83–85. Infection in random-source cats is common in
endemic areas and absent in others. It does not occur 
in laboratory cats reared on diets free of raw fish. Natural
infections of cats are usually unapparent. Human infec-
tions are associated with eosinophilia and anemia due to
worm competition for vitamin B12. Similar effects have
not been reported in cats. Praziquantel is effective,
although it may require dosages as high as 7.5 mg/kg.

Spirometra spp.

The biology of Spirometra mansoni and S. mansonoides is
presented in Chapter 17, Parasites of Dogs. These tape-
worms are parasites of cats and other carnivores around the
world67,77,84. Pathologic effects in cats are variable, and
when present, are usually minimal86. Likewise, clinical

Fig. 18.8 Paragonimus kellicotti cysts (arrows) in the lungs of a cat.
Reproduced from Herman, L.H. and Helland, D.R. (1966) with 
permission.

Fig. 18.9 Paragonimus kellicotti histological section through two
worms in a nodule in the lung of a naturally infected cat.

Fig. 18.10 Paragonimus kellicotti in the lung of a cat. Note inflam-
matory cells and fluke eggs. Reproduced from Herman, L.H. and
Helland, D.R. (1966) with permission.
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disease is usually absent. Some of the early workers
believed that infections of cats with S. mansonoides caused
severe anemia and weight loss in spite of cats developing a
voracious appetite. However, these observations have not
been confirmed. Treatment has been successful with prazi-
quantel (7.5 mg/kg). Because cats acquire infections
through the ingestion of infected intermediate hosts,
transmission should not occur in the animal facility.

Cyclophyllidea

Dipylidium caninum

The biology of Dipylidium caninum is presented in
Chapter 17, Parasites of Dogs. Cats are commonly infected
in many parts of the world87,88. However, improved flea
control has markedly decreased the prevalence of infec-
tion. Still, random-source cats may be infected upon entry
into the animal facility. There are few pathologic effects
associated with the presence of tapeworms in the small
intestine. The worms attach with their rostellum to the
intestinal mucosa and cause slight wounds at the attach-
ment site. They move about throughout the day, so the
small wounds are greater in number than the actual num-
ber of adult worms that are present. Infections in cats are
usually asymptomatic, though heavy infections may cause
weakness, emaciation, vomiting, diarrhea, a voracious
appetite, convulsions, and chronic enteritis which may be
hemorrhagic. Praziquantel is effective at removing the
flukes. Flea control must be instituted to break the life cycle.

Taenia taeniaeformis

Morphology. The adult worm measures 15 cm to 60 cm
long and 5 mm to 6 mm wide76. The scolex bears a rostel-
lum with two crowns of claw-hammer-shaped hooks. The
gravid segments contain an egg-filled uterus composed of a
central, longitudinal stem with 16 to 18 lateral branches
on each side. The posterior segments are characteristically
bell-shaped (Figure 18.11). Eggs are typical taeniid; they
are spherical, measure 24 µ to 31 µ long by 22 µ to 27 µ
wide, and have a striated capsule (Figure 18.12).

Hosts. Adult Taenia taeniaeformis (Syn. Taenia infan-
tis) occurs in the small intestine of wild and domestic cats
throughout the world32,76,77. Random-source cats are often
infected. The larva is common in the liver of mice, rats,
black rats, cotton rats, voles, and other wild rodents.

Life Cycle. The larval stage, a strobilocercus, is found
in the liver of the intermediate host. Following ingestion
by a cat, the larval tapeworm matures in the cat intestine
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within a few weeks. Gravid proglottids and eggs are then
passed in the feces (Figure 18.13).

Pathologic Effects and Clinical Disease. Pathologic
changes are limited to focal areas of necrosis associated
with embedding of the scolex into the wall of the intestinal
mucosa. There are no clinical signs associated with the
infection.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on finding the adult worm in the intestine or the eggs or

Fig. 18.11 Taenia taeniaeformis segment. Note the bell shape.
Courtesy of J.R. Georgi, Cornell University.

Fig. 18.12 Taenia taeniaeformis eggs. Courtesy of J.R. Georgi,
Cornell University.
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gravid proglottids in the feces. If a taeniid segment is found in
the feces of a cat, the chances are very good that the species is
T. taeniaeformis. However, in areas where Echinococcus multi-
locularis is prevalent, it might be difficult to ascertain whether
the host is infected with Taenia or Echinococcus if only a
taeniid egg is found in a fecal preparation. Praziquantel effec-
tively eliminates the infection89. Newly acquired cats should
be examined and treated if infected.

Public Health Considerations. Humans have occasion-
ally become infected with T. taeniaeformis, this is quite rare90.

NEMATODES

Superfamily Ascaridoidea

Toxascaris leonina

The biology of Toxascaris leonina is presented in Chapter
17, Parasites of Dogs. Toxascara leonina is common in the
small intestine of cats and other carnivores throughout the
world83,84. Random-source cats are occasionally found to
be infected with T. leonina, but less commonly than with
Toxocara cati. Toxascaris leonina is uncommon in labora-
tory cat colonies with good management and sanitation
practices. Neither transplacental nor transmammary trans-
mission occur. Thus, the life cycle is not easily maintained
within colonies. Pathologic changes are absent in cats
infected with T. leonina. Likewise, clinical signs are absent.

Toxocara cati

Morphology. Adults of Toxocara cati (Syn. Toxocara mystax)
are large, cream-colored worms that are curved ventrally at
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the anterior end and have cervical alae76. The adults are
similar to those of T. canis, from which they can be differen-
tiated by their short, broad, cervical alae that end abruptly,
and by the long spicules of the male (Figure 18.14). The
male measures 3 cm to 7 cm long and has a narrow, digiti-
form, terminal appendage; caudal alae; and winged spicules.
The female is 4 cm to 10 cm long and has its vulva in the
anterior quarter of the body. The egg, which is smaller and
more finely pitted than that of T. canis, measures 70 µ long
by 65 µ wide (Figure 18.15).

Hosts. Toxocara cati is found in the small intestine of
cats and other felids throughout the world32,77,83,91. It is the
most common ascarid of cats and is frequently a serious
pathogen in young animals. Random-source laboratory

Fig. 18.13 Life cycle of Taenia taeniaeformis. Note that the entire life cycle can be completed in the laboratory. Courtesy of Marietta Voge,
University of California.

Fig. 18.14 Toxocara cati adults in the intestine of a cat at necropsy.
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cats are frequently infected, but infections are uncommon
in laboratory colonies.

Life Cycle. The life cycle differs from that of T. canis in
that infection is commonly by ingestion of larvae encysted
in earthworms, cockroaches, birds, rodents, and a variety of
other paratenic hosts76. Larvae thus ingested develop in the
cat intestine without undergoing parenteral migration. Lar-
vae enter the stomach wall and begin their final develop-
ment, eventually returning to the small intestinal lumen for
the patent adult phase. Infection can also occur through the
ingestion of embryonated eggs. Larvae obtained by this
route likewise do not typically undergo somatic migration,
but develop within the wall of the stomach and intestine.
Some worms ingested as embryonated eggs undergo migra-
tion to deeper tissues. Kittens routinely become infected
with T. cati through transmammary transmission of larvae.
When kittens are infected via this route, the worms do not
migrate outside of the gastrointestinal tract92. Transplacental
transmission does not occur.

Pathologic Effects and Clinical Disease. Occasion-
ally, infected kittens develop thickened bowel loops. Typi-
cally, infected kittens develop neither pathologic changes
nor clinical signs of infection, though frequently infected
kittens can develop pronounced medial hypertrophy of the
pulmonary vessels.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on demonstration of eggs in the feces or worms in
the intestine. Many products are approved for treating infec-
tions with T. cati93,94. Little research has been done to
develop methods of preventing transmammary transmission.

PARASITES OF CATS 591

Sanitation and frequent examination and treatment greatly
reduce environmental contamination and usually prevent
heavy infections. Newly acquired cats should be examined on
arrival and treated as necessary.

Public Health Considerations. The larvae of Toxo-
cara cati are capable of causing visceral larva migrans in
people95. It has long been believed that most infections in
people have been due to the larvae of T. canis, but recent
serological evidence suggests that T. cati is another com-
mon cause of human infections.

Superfamily Strongyloidea

Ancylostoma braziliense

Morphology. Adult male Ancylostoma braziliense measure
7.8 mm to 8.5 mm long and females measure 9 mm to
10.5 mm long. There are two teeth on each side of the buc-
cal cavity; the outer pair is large and the inner pair is very
small (Figure 18.16). The eggs are indistinguishable from
those of A. caninum and A. tubaeforme, but are smaller
than those of Uncinaria stenocephala.

Hosts. Ancylostoma braziliense occurs in the small
intestine of wild and domestic felids and canids through-
out the Caribbean coastal areas of the Americas and along
eastern coastal areas of South America96,97. Ancylostoma
braziliense is frequently identified in random-source cats in
endemic areas, but is uncommon in laboratory facilities.

Fig. 18.15 Toxocara cati eggs. Courtesy of J.R. Georgi, Cornell
University.

Fig. 18.16 Ancylostoma braziliense buccal capsule, lateral view.
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Larvae may persist in rodent paratenic hosts for up to 
18 months98.

Life Cycle. The life cycle of Ancylostoma braziliense is
similar to that of A. tubaeforme. Ingested larvae enter the
intestinal mucosa and mature to the fourth larval stage
before final maturation to the adult stage within the lumen
of the small intestine. Skin-penetrating larvae migrate to
the lungs and are later coughed up and swallowed, and
complete their maturation in the intestinal lumen. The
prepatent period is 14 to 16 days after oral inoculation,
and 14 to 27 days after skin penetration. It appears that
neither transplacental nor transmammary transmission
occur in kittens.

Pathologic Effects and Clinical Disease. Compared
to infection with other hookworms, infection with 
A. braziliense causes relatively mild hemorrhage at feeding
sites within the intestine. Blood loss from worm feeding is
only 1 to 2 µl/worm/day. Infection of kittens does not usu-
ally affect hemoglobin levels or weight gain. However,
heavily infected kittens could eventually become anemic
from chronic blood loss.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on finding eggs in the feces or mature worms in the
intestine at necropsy. Eggs can be specifically identified by
modern molecular methods99. There are products
approved for use against adult A. braziliense, and most of
the formulations effective against A. tubaeforme are also
likely to be efficacious. Protective measures for a facility are
as described for A. tubaeforme.

Public Health Considerations. Ancylostoma
braziliense is the major cause of cutaneous larva migrans in
humans100. Larvae can develop to the infective stage in a
few days in moist environments with temperatures around
30°C. Therefore, animal caretakers should practice excel-
lent personal hygiene and remove cat feces daily.

Ancylostoma tubaeforme

Morphology. For many years, Ancylostoma tubaeforme, the
common hookworm of the cat, was considered to be syn-
onymous with A. caninum, the common hookworm of the
dog. However, the two are now considered to be distinct
species. Adult A. tubaeforme measure 7 mm to 12 mm
long. Both males and females possess a subglobular buccal
cavity with three well-developed teeth on each side. Ancy-
lostoma tubaeforme can be distinguished from Uncinaria
stenocephala by the presence of sharp teeth rather than 
cutting plates in the buccal capsule. The adults of 
A. braziliense only have two well-developed teeth on each
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side of the buccal capsule. The egg is ellipsoidal, thin-
shelled, and measures 55 µ to 72 µ long by 34 µ to 45 µ
wide. The egg is usually in the two to eight-celled stage
when passed in the feces (Figure 18.17). The eggs are
smaller than those of U. stenocephala, but are indistin-
guishable from those of A. caninum.

Hosts. The hosts are cats and other felids. The 
parasite can be common in random-source cats, but is
uncommon in colony-bred animals. Rodents can serve as
paratenic hosts but little is known of potential transmis-
sion from rodents to cats.

Life Cycle. The life cycle is direct76. Infection occurs
either by ingestion of infective larvae or by larval penetra-
tion of the skin. After oral inoculation, the larvae enter the
wall of the stomach and small intestine where they remain
for 10 to 12 days as they mature into adult worms. After
larvae penetrate the skin, they migrate through the lungs,
are coughed up and swallowed, and then spend less time in
the wall of the gastrointestinal tract. The prepatent period
is 18 to 28 days following oral infection, and 19 to 25 days
following skin penetration. The adult worms can survive
for 18 months to two years. Neither transplacental nor
transmammary transmission occur, which partially
explains the low prevalence of infection in animal colonies.

Pathologic Effects and Clinical Disease. Ancy-
lostoma tubaeforme feeds on host blood, leading to weight
loss and development of regenerative anemia. Heavy infec-
tions may cause death.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on the clinical signs of anemia and the demonstra-
tion of eggs in the feces or mature worms in the intestine at
necropsy. Several anthelmintics are approved for treating

Fig. 18.17 Ancylostoma tubaeforme eggs.
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hookworm disease. All are efficacious against adult worms,
and many are also effective against larval stages within the
wall of the intestinal tract93,101,102. Complete elimination
of A. tubaeforme is possible with anthelmintic treatment
and good sanitation. Random-source cats are likely to be
infected upon entry, and so should be evaluated and
treated.

Public Health Considerations. The infective-stage
larvae of A. tubaeforme can penetrate human skin and
cause cutaneous larva migrans. Thus, animal caretakers
should practice excellent personal hygiene and keep cat
cages and litter pans clean.

Superfamily Trichostrongyloidea

Ollulanus tricuspis

Morphology. The male worm measures 0.7 mm to 0.8
mm long and 35 µ wide and has stout spicules. The female
worm measures 0.8 mm to 1 mm long and 40 µ wide76

(Figure 18.18)103. The vulva is located in the posterior part
of the body. The eggs in the female are few in number and
relatively large compared to the size of the female worm.

Hosts. This minute nematode occurs in the stomach
of cats, other carnivores, and pigs. It has been found in cats
in Europe, the Americas, Egypt, and Australia104,105.

Life Cycle. Ollulanus tricuspis is ovoviviparous. Thus,
the eggs embryonate and hatch within the female. First-
stage larvae measure 350 µ long. Second- and third-stage
larvae also develop within the female. Thus, female worms
give birth to infective third-stage larvae. The infective lar-
vae are passed by emesis; infection is by ingestion of the
vomitus. Larvae mature within the lumen of the stomach.

Pathologic Effects and Clinical Disease. Infections
with O. tricuspis are usually unapparent and are recognized
only at necropsy. The worms in the stomach cause
increased mucous secretion, and in heavy infections, can
cause hemorrhagic gastritis. In severe cases, lesions include
hyperplasia of the stomach epithelium, inflammation, cel-
lular infiltration, and sclerosis of the epithelium. Infected
cats may present with a history of chronic vomiting 
with or without wasting. Cats may become anorexic and
dehydrated.

Diagnosis, Treatment, and Prevention. Antemortem
diagnosis is difficult, and requires the careful examination of
vomitus and stomach irrigation fluids. Post-mortem diagno-
sis is made by examining washings or scrapings of the
stomach wall. Treatment with tetramisole has been effica-
cious and without side effects. In areas where the infection is
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common, dissemination of the infection can be prevented
by housing cats individually. Most outbreaks occur in large
catteries where animals are housed in groups.

Public Health Considerations. Ollulanus tricuspis
does not infect humans.

Superfamily Metastrongyloidea

Aelurostrongylus abstrusus

Morphology. The female worm measures 9 mm long and
the male measures 4 mm to 7 mm long. The female vulva
lies anterior to the anus, and the tail ends bluntly. The
male spicules are sub-equal. The eggs measure 70 µ long
by 80 µ wide. The first-stage larvae passed in the feces
measures 360 µ to 400 µ long and 20 µ wide and has an
undulating tail with a dorsal spine (Figure 18.19).

Fig. 18.18 Ollulanus tricuspis. (Top) Young female. (Bottom) Poste-
rior ends of adult male (left) and adult female (right). Reproduced from
Burrows, R.B. (1965) with permission.
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Hosts. Aelurostrongylus abstrusus is common in cats
around the world106,107. Wild rodents, frogs, toads, snakes,
lizards, and small birds serve as paratenic hosts. Aeluro-
strongylus abstrusus is likely to occur in laboratory cats
obtained from random-source cat suppliers but not from
cats raised in the laboratory animal facility or in catteries
that practice good management and sanitation.

Life Cycle. Eggs passed by adult worms hatch in the
lungs, and the larvae pass up the trachea, are swallowed,
and pass out in the feces. Snails and slugs serve as interme-
diate hosts, but the cat is probably more frequently infected
by eating paratenic hosts. The ingested larvae are liberated
in the intestine, penetrate the mucosa, and migrate to the
lungs. Adult worms are found in the alveolar ducts and ter-
minal bronchioles eight to nine days after infection. Egg
laying begins about four weeks after infection, and first-
stage larvae are found in the feces about six weeks after
infection. Adult worms live nine months or longer.

Production of larvae by A. abstrusus following infec-
tion and re-infection has been studied107. The pre-patent
period was 35 to 48 days (mean 38 days). Peak larval pro-
duction occurred 60 to 120 days from the time of infection.
Two infected cats continued to produce larvae for more
than one year. When all 17 cats were re-infected 390 days
after primary infection, 56% of the cats produced larvae
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within 90 days, and larval output for two animals persisted
until the 660th day of the study with the larvae in the feces
probably being derived from the secondary infection.

Pathologic Effects and Clinical Disease. Gross lesions
consist of gray nodules, 1 mm to 10 mm in diameter, either
scattered over the surface of the lungs or arranged in clus-
ters76. The nodules, when incised, exude a milky fluid that
contains many eggs and larvae. Mature worms are found at
the terminal parts of the bronchioles. In microscopic sec-
tions, the embryonating eggs and larvae are seen in the alve-
oli, alveolar ducts, and bronchioles (Figure 18.20)108. Lesions
in wild rodents consist of larval cysts, usually in the omen-
tum. Clinical signs are usually absent. Heavy infections may
lead to chronic cough, progressive dyspnea, anorexia, and
emaciation.

Diagnosis, Treatment, and Prevention. Presumptive
diagnosis is based on clinical signs, and is confirmed by

Fig. 18.19 Aelurostrongylus abstrusus larva. Reproduced from
Burrows, R.B. (1965) with permission.

Fig. 18.20 Aelurostrongylus abstrusus in the lung of a cat. (A) Larvae in
a small bronchus. (B) Clusters of embryonating eggs in the alveoli and
larvae in an alveolar duct. Reproduced from Smith, H.A. and Jones,
T.C. (1966) with permission.
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demonstration of the first-stage larvae in the feces. At
necropsy, larvae may be demonstrated in wet mounts
made from pulmonary lesions. The infection may be
eliminated by long-term treatment with fenbendazole.
Because mollusks are obligatory intermediate hosts, the life
cycle cannot be completed in well-managed research ani-
mal facilities. Infected, incoming cats should be treated.

Public Health Considerations. Aelurostrongylus
abstrusus does not infect humans.

Superfamily Spiruroidea

Physaloptera spp.

Morphology. Cats are susceptible to infection with several
species of Physaloptera, including Physaloptera rara, P. paci-
tae, P. pseudopraeputialis, and P. praeputialis. These worms
are thick and muscular and resemble ascarids76. Males
measure 13 mm to 45 mm long, and females measure
15 mm to 60 mm long. The eggs are embryonated when
passed, have a clear, thick shell, and measure 43 µ to 60 µ
long by 29 µ to 42 µ wide (Figure 18.21).

Hosts. Physaloptera spp. occur in the stomach and
duodenum of cats, dogs, and related carnivores97,105,109.
Physaloptera rara occurs in the United States. It is common
in the Midwest, but uncommon in other areas. Physaloptera
pacitae has been found in the Philippines. Physaloptera
pseudopraeputialis has also been found in the Philippine
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Islands, and in the United States. Physaloptera praeputialis
has been found in most regions of the world, and is
common in Hawaii, South Africa, Venezuela, and peninsu-
lar Malaysia. These nematodes are likely to be found in lab-
oratory cats and dogs obtained from random-source animal
suppliers in endemic areas. They are unlikely to occur in
animals raised in the laboratory or in catteries with good
management and sanitation.

Life Cycle. The life cycles of the Physaloptera spp. are
incompletely understood, but an arthropod intermediate
host, such as a cockroach, cricket, or beetle, is always
required76. Paratenic hosts include amphibians, reptiles, or
small mammals.

Pathologic Effects and Clinical Disease. Physa-
loptera spp. attach firmly to the stomach or duodenal wall,
and cause focal necrotic lesions at these sites. Early clinical
signs include vomiting and anorexia. Later signs include
debilitation and dark, tarry feces.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the embryonated eggs in the feces or the adult
worms in the stomach or duodenum at necropsy. Treat-
ment has been attempted with ivermectin and pyrantel
pamoate, but the outcome of these clinical treatments has
varied. Because of the need for intermediate hosts, infec-
tions within the laboratory setting are self-limiting.

Public Health Considerations. Physaloptera spp. do
not infect humans.

Superfamily Trichuroidea

Eucoleus aerophilus

The biology of Eucoleus aerophilus is presented in Chapter 17,
Parasites of Dogs. Infections are uncommon in laboratory-
reared cats, but may be found in random-source cats 
upon entry into the animal facility110. Infected cats may
develop tracheobronchitis, pulmonary edema, hemor-
rhage, and pneumonia. Larvae, adult worms, and eggs are
present in sections of affected tissues (Figure 18.22)111.
Young animals are the most susceptible to disease caused
by E. aerophilus. Light infections are usually unapparent.
Heavy infections are associated with coughing, nasal
discharge, dyspnea, anorexia, and debilitation. Infected
cats may be treated with ivermectin or a benzimidazole.
Newly acquired cats should be examined on arrival 
and treated if infected. Because the eggs do not embry-
onate for 30 to 50 days, frequent and complete cleaning of
cages, pens, and runs prevents the dissemination of the
parasite112.

Fig. 18.21 Physaloptera rara egg. Reproduced from Burrows, R.B.
(1965) with permission.
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Pearsonema feliscati

Morphology. Adult Pearsonema feliscati are long, thin, and
finely striated. Males measure 1.3 cm to 3 cm long and
females measure 3 cm to 6 cm long. The spicular sheath of
the male lacks spines. The egg is colorless to yellow, and
measures approximately 60 µ long by 30 µ wide, and has
bipolar plugs.

Hosts. Pearsonema feliscati is the urinary capillarid of
the cat113,114. It is considered by some to be synonymous
with P. plica. Pearsonema feliscati has been recovered from
the urinary bladder and renal pelvises of cats around the
world, and is more common in older, versus younger, cats.
Reports of infection in laboratory cats are rare.
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Life Cycle. The life cycle of P. feliscati is likely similar
to that of P. plica, with earthworms serving as intermediate
hosts. It has not been determined whether the life cycle can
also be direct or whether paratenic hosts play a role in nat-
ural infections76. The prepatent period is 58 to 63 days.

Pathologic Effects and Clinical Disease. The worms
inhabit the bladder epithelium. Inflammation of the
mucous membranes is evident histologically, and includes
vasodilation, extravasated blood, separating transitional
epithelium, and inflammatory cells. Urinary protein con-
tent increases with increasing worm burdens. Clinical
signs are usually absent, but heavily infected cats may
develop signs of post-renal obstruction.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on recognition of the adults in the urinary tract or
the characteristic eggs in the urine. Elimination of the
worms has been achieved with fenbendazole and with iver-
mectin. Prevention is primarily by sanitation.

Public Health Considerations. Pearsonema feliscati
does not infect humans.

ARTHROPODS

Class Insecta

Order Diptera

Family Cuterebridae
The family Cuterebridae occurs only in the Americas76,115.
All species are obligatory parasites that produce primary
myiasis. Additional information is presented in Chapter 6,
Biology of Arthropods. Typical hosts include rodents and
lagomorphs, but cats are also susceptible to infestation as
they hunt around rodent burrows. Infestations tend to be
seasonal in temperate regions because the adult flies lay
eggs for only a short time. However, in more tropical areas,
infestations may occur throughout the year.

Cats are dead-end hosts. Maggots develop from the
larva to the third instar just under the skin of the cat
(Figure 18.23). However, even if the instar matures to
its full size, it will usually not develop to an adult.
Clinical signs depend on where the larvae migrate within
the cat. In uncomplicated cases, the large “bots” are located
in lesions under the dermis, frequently in the head
region. Treatment is by surgical removal of the maggot.
Cats suspected of harboring migrating larvae may be
treated with ivermectin116,117. In other cases, larvae
migrate through the central nervous system and cause
severe neurologic disease (Figure 18.24). Larval migration

Fig. 18.22 Eucoleus aerophilus infection. (A) Larvae and adults in the
lung of a cat. (B) Adult and eggs in the tracheal mucosa of a cat. 
(A) reproduced from Habermann, R.T. and Williams, F.P. (1958) with
permission. (B) reproduced from Herman, L.H. (1967) with permission.
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may be the cause of feline ischemic encephalopathy, a
condition that is diagnosed seasonally in cats in New
England118. Infestations should not occur in animal facili-
ties, but random-source cats may be infested upon entry
into the facility.

Family Psychodidae
Cats are susceptible to attack by phlebotomine sand
flies119. Information on the biology of the sand flies is pre-
sented in Chapter 17, Parasites of Dogs. Sand flies are
important as vectors of leishmaniasis in both the Old and
New Worlds. There are usually no clinical signs directly
associated with the feeding activities of sand flies unless
many flies are involved. In these cases, cats may develop
lesions on the muzzle or ear pinnae. Treatment consists of
cleansing the wounds and applying topical antibiotics,
followed by fly control.
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Order Phthiraptera

Felicola subrostratus
Morphology. Felicola subrostratus has a triangular head,
which is pointed anteriorly, and a median longitudinal 
ventral groove76 (Figure 18.25). The antennae are three-
segmented, fully exposed, and similar in both sexes. The
adults measure 1 mm to 1.5 mm long and are yellow to tan.
There is one tarsal claw on each leg. The abdomen is short
and broad and has three pairs of spiracles and a sparse, fine,
transverse row of minute dorsal hairs across each segment.

Hosts. Felicola subrostratus can be found in large
numbers on aged or diseased cats and some wild felids. It
occurs in North and South America, Europe, and Africa,
and is probably cosmopolitan in location120. Although this
louse is the most common cause of louse infestation of
cats, infestation often goes unnoticed. Consequently, the
true prevalence is unknown. It can occur on random-
source cats. Another chewing louse of cats occurring in the
tropics is Heterdoxus spiniger.

Life Cycle. The eggs are laid on the fur of the cat
where they are glued to individual hair shafts76. The eggs
hatch in 10 to 20 days and reach the adult stage in two to
three weeks. The complete life cycle requires three to six
weeks. The louse feeds on skin debris. Adults live two to
three weeks but cannot survive off the host for more than a
few days. Transmission is primarily by direct contact.

Fig. 18.23 Cuterebra third-stage larva from a warble in the cheek of a cat.

Fig. 18.25 Felicola subrostratus female, dorsal view.

Fig. 18.24 Cuterebra second-stage larva histological section through
larvae in the tissue of the central nervous tissue. Note the large dark
spines and the tracheal tissue in the maggot.
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Pathologic Effects and Clinical Disease. Effects on
the hair or skin are usually minimal or absent. The eggs
and nits can be seen on the hair and may give it a scruffy
appearance. Heavy infestations cause restlessness, pruritus,
scratching, a ruffled coat, and sometimes alopecia.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and on demonstration of the para-
site or parasite eggs. Felicola subrostratus is easily eradicated
with a variety of products121,122. Newly acquired cats
should be examined and isolated and treated if infested.
The treated cat should be placed in a clean, disinfected
cage. Treatment should be repeated to ensure that any
nymphs that hatch from eggs are also killed.

Public Health Considerations. Felicola subrostratus
does not infest humans.

Order Siphonaptera

Ctenocephalides spp.
Morphology. Cats are susceptible to infestation with
Ctenocephalides felis and C. canis (Figure 18.26). Both
species are somewhat variable in size. Females may exceed
2.5 mm in length while males can be less than 1 mm long,
with size overlap between the two sexes. Both species are
dark brown and possess distinctly characteristic genal and
pronotal combs. Ctenocephalides felis usually has an elon-
gated head, especially in the female, a single subapical bris-
tle on the dorsal margin of the hind tibia, and three setae
in the lateral metanotal area. Ctenocephalides canis has a
short, blunt head (Figure 18.27), two small subapical bris-
tles on the dorsal margin of the hind tibia, and usually only
two setae on the lateral metanotal area. The larvae are
small, white, and maggot-like, with a sclerotized head
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capsule and chewing mouthparts. The larvae are legless but
have a pair of caudal processes called anal struts. The eggs
are small, white, and ovoid.

Hosts. Recently, C. felis appears to have displaced 
C. canis to the point where the latter has become difficult
to find. Ctenocephalides felis infests cats and dogs, and
occasionally other endothermal animals such as opossums,
raccoons, and people. Ctenocephalides canis tends to be
restricted to dogs and wild canids. Ctenocephalides felis has
been assigned to four distinct subspecies: C. felis felis,
which occurs throughout the world; C. felis strongylus,
which is found over most of Africa, except in the Sahara
region and in southwestern Africa, where C. felis damaren-
sis occurs; and C. felis orientis in India, Ceylon, south-
western Asia, and New Guinea123. Fleas are common on
random-source dogs and cats, but are not usually found on
those raised for research.

Life Cycle. Only adult fleas are found on the host,
where mating and oviposition occur124. The eggs fall
quickly from the pelage and collect in the bedding. The
incubation period is two to four days under optimum con-
ditions of 25°C and 80% relative humidity. There are
three larval instars, but active feeding takes place only dur-
ing the first and second instars. The larvae ingest organic
material of both plant and animal origin, including pelletsFig. 18.26 Ctenocephalides felis male.

Fig. 18.27 Cheyletiella blakei. Note the large palpal claws.
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of dried blood that have been excreted by the adults.
Shortly after molting, the third instar larva becomes quies-
cent and spins a cocoon, which is oval and inconspicuous.
The pupa is formed within a few days, and is followed by
maturation to the adult stage in two weeks. The life cycle
from egg to adult is completed in 18 to 21 days under opti-
mum conditions of temperature and humidity, but it
probably requires a longer period in nature. The lifespan
also depends on the temperature, humidity, and the pres-
ence of a suitable host. Desiccation is as important as star-
vation in causing death. Fleas can best survive harsh
environmental conditions in the pupal stage. Cats become
infested by direct contact with other infested animals, or
by entering an area where hungry adult fleas are awaiting a
new host or where fleas in pupal cases are awaiting a host
to stimulate their eclosion.

Pathologic Effects. Histologic changes vary with the
degree of self-induced trauma and immune reactivity. 
Initially, the affected skin undergoes a predominantly
eosinophilic and neutrophilic inflammatory infiltration.
Later, there is increased proliferation of fibroblasts and
connective tissue. Acanthosis, parakeratosis, and degenera-
tion of the pilosebaceous system often follow. In addition,
fleas serve as intermediate hosts of Dipylidium caninum
and can serve as vectors of Bartonella henselae, the agent of
cat scratch fever; feline leukemia virus; and some rickettsial
agents125,126.

Clinical Disease. Flea infestation sometimes causes
only minor clinical response in affected cats. More fre-
quently, restlessness, irritability, weight loss, ruffled coat,
biting, scratching, and self-induced trauma are seen. Flea
saliva causes allergic dermatitis. Wheals and erythema
occur at the site of the bite, but these are often not recog-
nized in long-haired breeds. Sometimes, small raised
papules occur. Other lesions depend on the degree of self-
inflicted trauma and often consist of excoriations, ulcera-
tions, and alopecia. These lesions are usually located at the
base of the tail and over the lower back. In chronic cases,
the skin becomes thickened and indurated. C. felis on cats
appear to prefer the area of the head and neck more than
other parts of the body. The fewest fleas are typically found
on the legs and tail127.

Diagnosis, Treatment, and Prevention. Infestation
is diagnosed by finding fleas or flea excrement on the host.
The excrement is seen as small, dark, gritty particles in the
pelage. It is important to distinguish dermatosis caused by
fleas from that of other sources. Remission of signs and
lesions after the parasites have been eliminated supports
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a diagnosis of flea-induced dermatitis. Several highly
efficacious products have been approved for treatment of
flea infestation123. All random-source cats entering a
facility should be treated and quarantined for several days.

Public Health Considerations. Ctenocephalides felis
and C. canis readily feed on humans. Recent reports indi-
cate that Bartonella henselae, the agent of cat-scratch fever,
may be transmissible to humans through contaminated
flea feces124,126.

Class Arachnida

Mites
Suborder Prostigmata
Cheyletiella blakei. Morphology. Cheyletiella blakei
resembles C. yasguri of the dog128. Both sexes have a single
semi-circular dorsal shield and a large gnathosoma. The
palpal tibia has a heavy curved claw that is dentate on its
inferior margin, which is diagnostic (Figure 18.27).

Hosts and Life Cycle. Cheyletiella blakei is a parasite
of cats. These mites are nonburrowing, obligatory para-
sites128. The life cycle is similar to that of C. yasguri of dogs.
All stages occur on the host. The eggs are glued to the hairs.

Pathologic Effects and Clinical Disease. Cheyletiella
blakei causes a mild form of mange, with exfoliative dermati-
tis, mild hair loss, hyperemia, pruritus, serous exudation,
and thickening of the skin. A subacute, nonsuppurative der-
matitis with cellular infiltration and mild hyperkeratosis is
seen in tissue section. Clinical signs include flaky, bran-like
material in the pelage. The condition is referred to as “walk-
ing dandruff” because when the pelage is examined with a
hand lens, the flakes on the skin appear to move due to the
mites walking about amidst the dander.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the mites in skin scrapings or tufts of hair.
The mites can be eliminated with selamectin, fipronil, per-
methrin, ivermectin, or milbemycin oxime129,130. Because
C. blakei survives off of the host, cages, equipment, and
rooms should be treated with steam or pressure and washed
with soapy water at the same time animals are treated.

Public Health Considerations. Humans may
develop transient dermatitis after handling infested cats131.

Demodex cati. Morphology. The morphology of Demo-
dex cati is similar to D. canis, and typical of the genus. Mites
are cigar shaped with very short legs132. The male measures
roughly 180 µ long and the female measures about 200 µ
long. The eggs are elongated and measure 70 µ long (Figure
18.28). The short legs are on the anterior portion of the
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body, and the posterior (opisthoma) region comprises about
two-thirds of the total body length. The shorter and less
common species found on cats, D. gatoi, bears an opisthoma
which is much shorter by comparison (Figure 18.29).

Hosts and Life Cycle. Demodex cati has been found
on cats from most parts of the world. The mites live in the
hair follicles. There is another shorter version of Demodex
that occurs on cats133, D. gatoi, that has been described,
but it is relatively rare in comparison with D. cati. The life
cycle is similar to that described for D. canis in Chapter 17,
Parasites of Dogs132.
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Pathologic Effects and Clinical Disease. Cats may
develop both localized and generalized demodicosis132.
The localized form is typically associated with acne or ery-
thematous patches of alopecia on the eyelids, face, chin, or
neck. The generalized form is diagnosed when cats have
more than five localized lesions. In either form, the hair
follicles become inflamed and may be associated with fol-
licular and perifollicular dermatitis. Severe cases may be
facilitated by some other underlying condition134,135.

Diagnosis, Treatment, and Prevention. Diagnosis is
by scraping the lesions to reveal large numbers of mites.
Most cases of demodicosis in cats can be treated with iver-
mectin, although generalized disease may require multiple
treatments. Doramectin has also been used with some suc-
cess136. Because asymptomatic infestation with D. cati is
common, purposeful prevention is not generally practiced.

Public Health Considerations. Demodex cati does
not usually infest humans. However, transient dermatitis
may develop after extended close contact with severely
affected cats.

Suborder Astigmata
Lynxacarus radovskyi. Morphology. Lynxacarus radovskyi
mites are laterally compressed137. They are small, measuring
only about 0.5 mm long. They are typically found clinging
to the hairs of the host (Figure 18.30). The eggs measure
200 µ long.

Hosts and Life Cycle. Lynxacarus radovskyi has been
reported only from cats. The species on the bobcat has
been described as a separate species, L. morlani138. The
eggs are glued to the hair shaft by the female mite139. There
is a larva, a nymph, and adult males and females. Transmis-
sion is by direct contact.

Pathologic Effects and Clinical Disease. Infestation
with L. radovskyi is accompanied by minimal pathologic

Fig. 18.28 Demodex cati egg.

Fig. 18.29 Demodex gatoi adult.

Fig. 18.30 Lynxacarus radovskyi.
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changes140. When present, clinical signs include dry, dull,
and rust-colored hair-coat that can feel granular due to the
mites and eggs on the hairs139.

Diagnosis, Treatment, and Prevention. Mites can
be visualized on the skin with a magnifying glass. Micro-
scopic examination of the hairs likewise reveals mites and
eggs. Treatment with pyrethrin-based shampoos has been
found to be efficacious, as has parenteral treatments with
ivermectin139. Infested cats should be housed separately
and treated upon entry into the facility.

Public Health Considerations. Humans who handle
infested cats are susceptible to transient infestation with
L. radovskyi.

Notoedres cati. Morphology. Adult female Notoedres
cati measure 275 µ by 230 µ and resemble N. muris except
that it has scale-like, middorsal integumental striations, a
single pair of paragenital setae, and large perianal setae
(Figure 18.31). The male and immature stages resemble
those of Sarcoptes scabiei. Adults can be differentiated from
those of S. scabiei because on N. cati, the anus is dorsally
located, versus ventrally located on S. scabiei.

Hosts. Notoedres cati infests cats, rabbits, and the co-
atimundi. Infestations are common in North America,
Europe, Africa, and possibly elsewhere. It is likely to be
encountered in laboratory cats obtained as random-source
animals, but unlikely to be found otherwise.

Life Cycle. Transmission is by direct contact and
spread of larvae and nymphs. The life cycle is similar to
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that described for S. scabiei in Chapter 17, Parasites of
Dogs. Adults appear within five days of egg hatching.

Pathologic Effects and Clinical Disease. Infested
cats develop epidermal penetration of the skin by mites and
acanthotic and hyperkeratotic lesions141. Common sites of
infestation include the ears, neck, and face (Figure 18.32);
and less commonly, the legs, ventral abdomen, and genital
region, especially in younger animals142. Clinical signs
include persistent pruritus, alopecia, and self-inflicted
trauma. A grayish yellow crust develops on the ears, face,
and neck, and the skin becomes thickened and wrinkled.
Involvement of the entire body sometimes occurs, with
subsequent dehydration, debilitation, and death.

Diagnosis. Other diseases that must be distinguished
from notoedric mange include dermatomycosis, superficial
pyoderma, and chronic eczematous dermatitis. The presence
of the parasite or eggs in deep skin scrapings is diagnostic for
mange. In the cat, notoedric mange must be distinguished
from mange caused by Otodectes cynotis, the ear mite. The
two mites can be differentiated morphologically.

Treatment and Prevention. Infestation with N. cati
can be eliminated with ivermectin or other avermectin
products143. Cats with evidence of infestation at the time
of entry into the animal facility should be examined and
treated if infested.

Public Health Considerations. Notoedres cati some-
times causes transient dermatitis in people144; therefore,
animals should be handled with caution.

Otodectes cynotis. Morphology. The adult female has a
small fourth pair of legs, whereas the male possesses large,
stalked ambulacral suckers on the fourth pair of legs

Fig. 18.31 Notoedres cati adult female, dorsal view. Fig. 18.32 Notoedres cati mange on a cat.

34442 Ch 18 579-616.qxd  3/28/07  3:35 PM  Page 601



(Figure 18.33)145. In addition, the ambulacral suckers of
both sexes arise from short, unsegmented stalks.

Hosts and Life Cycle. Otodectes cynotis is common on
wild and random-source cats and rabbits and coat-
imundi146,147, but is uncommon in laboratory-reared cats.
Transmission from is by direct contact128. The female mite
glues eggs to the ear canal. The eggs develop and hatch in
four days. The life cycle includes a larva and two nymphal
stages. Each stage requires three to five days to mature
before molting. The life cycle is completed in 18 to 28 days.

Pathologic Effects. Infested cats develop crusty waxy
material that overlays the epithelial surface, the epithelium
becomes hyperkeratotic and hyperplastic, the ceruminous
and sebaceous glands appear to undergo dramatic reactive
hyperplasia, mast cells and macrophages become greatly
increased in number, and there is a dilation of underlying
blood vessels128. In heavy infestations, ears contain a dry,
waxy, parchment-like material that occurs as sheets
throughout the ear canal.
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Clinical Disease. The mites are usually found deep in
the external auditory meatus, where they cause intense irri-
tation because of accumulation of inflammatory exudates
and cerumen. Infested cats engage in head shaking and ear
scratching. Ulceration of the auditory canal is common.
Auricular hematoma, otitis media with torticollis and cir-
cling, and convulsions sometimes occur.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and lesions, and is confirmed by
identification of the mites. Otodectes cynotis is often visible
with the aid of an otoscope, but microscopic examina-
tion of scrapings may be more rewarding. Many effective
products are approved for the treatment of O. cynotis infes-
tation129,148,149. Because infestation is common, random-
source cats should be treated upon entry into the animal
facility.

Public Health Considerations. Otodectes cynotis does
not persist on human hosts.

Fig. 18.33 Otodectes cynotis. (Left) Female, ventral view. (Right) Male, dorsal view. Reproduced from Baker, E.W., Evans, T.M., Gould, D.J., Hull,
W.B., and Keegan, H.L. (1956) with permission.
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TABLE 18.1 Parasites of cats—circulatory/lymphatic system.

Geographic Location Method of Pathologic 
Parasite Distribution Hosts in Host Infection Effects Zoonosis Reference

Piroplasmids

Babesia cati India Cats Erythrocytes Bite of tick host Unknown Not reported 76
Babesia felis Africa Cats Erythrocytes Bite of tick host Anemia, Not reported 161

(Haemaphysalis listlessness
leachi)

Babesia herpailuri South Africa, Cats Erythrocytes Bite of tick host Unknown Not reported 76
South America

Cytauxzoon felis Worldwide Cats Erythrocytes; Bite of tick host Vascular Not reported 62
venules of (Dermacentor occlusion
visceral organs, variabilis)
brain, lymph 
nodes

Nematodes

Metastrongyloidea

Gurltia paralysans South America Cats Veins of lumbar Unknown Thrombosis of Not reported 76
leptomeninges veins, 

posterior 
paralysis

Filaroidea

Brugia beaveri Southeast Asia Cats, Adult: lymphatics, Bite of mosquito Unknown Not reported 163
raccoons lymph nodes

Microfilaria: blood
Brugia malayi Southeast Asia Cats, Adult: lymphatics, Bite of mosquito Unknown Reported 76

primates lymph nodes
Microfilaria: blood

Brugia pahangi Indonesia, Cats, dogs Adult: lymphatics, Bite of mosquito Lymphangitis Reported 162
Malaysia, lymph nodes
Thailand Microfilaria: blood

Brugia patei Kenya Cats, dogs Adult: lymphatics, Bite of mosquito Unknown Not reported 76
lymph nodes

Microfilaria: blood
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TABLE 18.2 Parasites of cats—enterohepatic system.

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Flagellates

Giardia felis Worldwide Cats Anterior small Ingestion of cyst Mild enteritis, Reported 13
intestine in feces diarrhea

Tetratrichomonas US Cats Mouth Oral contact Uncertain. Possible Not reported 18
felistomae gingivitis

Tritrichomonas foetus Worldwide Cats, cattle, Large intestine Ingestion of Enteritis, diarrhea Not reported 20
swine trophozoites in feces

Coccidia

Besnoitia caprae Africa Cats Intestine Ingestion of tissue None Not reported 154
cysts in intermediate 
host (goats)

Besnoitia besnoiti Africa, Asia, Cats Intestine Ingestion of tissue None Not reported 153
South America, cysts in intermediate 
Southern Europe host (cattle)

Besnoitia darlingi Americas Cats Intestine Ingestion of tissue None Not reported 150
cysts in intermediate 
host (opossums)

Besnoitia jellisoni Americas Cats Intestine Ingestion of tissue cysts None Not reported 155
in intermediate host 
(rodents, opossums)

Besnoitia tarandi Alaska, Canada, Cats Intestine Ingestion of tissue cysts None Not reported 156
Finland in intermediate host 

(reindeer)
Besnoitia wallacei Africa, Australia Cats Intestine Ingestion of tissue cysts None Not reported 151

in intermediate host 
(rats, mice)

Cryptosporidium felis Worldwide Cats Small intestine Ingestion of sporulated Enteritis, diarrhea Reported in 28
oocysts immune-

compromised 
humans

Hammondia Worldwide Cats Intestine Ingestion of tissue cysts None Not reported 152
hammondi in intermediate host 

(rodents, goats)
Isospora felis Worldwide Cats (dogs, Intestine Ingestion of sporulated Enteritis, diarrhea Not reported 37, 38

rodents, cattle, oocyst or paratenic 
and birds as host
paratenic hosts)

Isospora rivolta Worldwide Cats (rodents, Intestine Ingestion of sporulated Enteritis, diarrhea Not reported 40
cattle, and oocyst or paratenic 
opossums as host
paratenic hosts)
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Sarcocystis spp. Worldwide Cats (mammals Intestine Ingestion of tissue cysts None Not reported 76
as intermediate in intermediate hosts
hosts)

Toxoplasma gondii Worldwide Cats (mammals and Intestine, visceral Ingestion of tissue cysts Often unapparent; Common 50
birds as paratenic organs, brain, in paratenic hosts or lesions specific to 
hosts) lymph nodes sporulated oocysts in affected organs

feces; transplacental 
transmission

Trematodes

Alaria marcianae Greenland, Iceland, Cats, coyotes Small intestine Ingestion of infected snake None None known 76
North America (Thamnophis maricanus)

Clinostomum spp. Africa Cats Oral cavity Ingestion of intermediate None Not reported 76
host (unknown)

Clonorchis sinensis Asia Cats, dogs; fish- Gall bladder, bile Ingestion of intermediate Bile duct Reported 76
eating mammals, duct, pancreatic host (fishes) inflammation, 
birds, and reptiles duct, small hepatic congestion, 

intestine pancreatitis
Echinochasmus Africa, Asia Cats Small intestine Ingestion of intermediate None Not reported 76

perfoliatus host (fishes)
Eurytrema procyonis North America Cats, raccoons, Pancreatic duct, Ingestion of intermediate Pancreatic atrophy Not reported 157

foxes gall bladder host (unknown) and fibrosis
Mesostephanus milvi Africa, Japan, India Cats Small intestine Ingestion of intermediate None Not reported 76

host (unknown)
Opisthorchis tenuicollis Asia, Europe, Cats Gall bladder, bile Ingestion of intermediate Bile duct Reported 76

North America duct, pancreatic host (fishes) inflammation, 
duct, small hepatic congestion, 
intestine pancreatitis

Platynosomum Americas, Asia, Cats Gallbladder, Ingestion of infected Biliary obstruction, Not reported 158
fastosum Western Africa bile duct intermediate host diarrhea, hepatic 

(lizards, frogs, toads) enlargement
Prohemistomum vivax Egypt Cats Small intestine Ingestion of second None Not reported 76

intermediate host (fishes)
Pygidiopsoides spindalis North America Cats Small intestine Ingestion of second None Not reported 76

intermediate host (fishes)

Cestodes

Pseudophyllidea

Diphylobothrium Asia, Americas, Cats, dogs, wild Small intestine Ingestion of intermediate None Reported 76
latum Europe carnivores host (fresh-water fishes)

Spirometra Africa, Australia, Cats, dogs Small intestine Ingestion of infected None Reported 160
erinaceieuropaei Europe intermediate host (small 

marine vertebrates)
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TABLE 18.2 (Continued )

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Spirometra mansoni Asia, South America Cats, dogs, other Small intestine Ingestion of intermediate None Reported 76
carnivores host (small vertebrates, 

except fishes)
Spirometra mansonoides Americas Cats, dogs, other Small intestine Ingestion of intermediate None Reported 76

carnivores host (small vertebrates, 
except fishes)

Cyclophyllidea

Diplopylidium spp. Africa, southern Cats Small intestine Ingestion or transport or None Not reported 76
Europe intermediate host (reptiles)

Dipylidium caninum Worldwide Cats, dogs Small intestine Ingestion of Enteritis, anal Reported 159
intermediate host (fleas) pruritus

Echinococcus Europe, Japan, Cats, canids Small intestine Ingestion of intermediate None Reported 76
multilocularis North America host (rodents)

Mesocestoides lineatus Worldwide Cats, canids Small intestine; Ingestion of intermediate None Reported 76
larva in host (amphibians, reptiles, 

abdominal cavity birds, small mammals)
Taenia taeniaeformis Worldwide Cats Small intestine Ingestion of strobilocercus Focal intestinal Reported 76

in intermediate host mucosal necrosis 
(rodents) at attachment sites

Nematodes

Rhabditoidea

Strongyloides felis Australia Cats Small intestine Penetration of skin or Adenomatous - Not reported 165
buccal mucosa by larva metaplasia of glan-

dular epithelium of 
intestinal crypts

Strongyloides US Cats Large intestine Unknown Nodular lesions Not reported 164
tumefaciens in colon

Ascaridoidea

Toxascaris leonina Worldwide Cats, dogs Small intestine Ingestion of embryonated Mild enteritis Reported 76
egg or paratenic host

Toxocara cati Worldwide Cats Small intestine Ingestion of embryonated Enteritis, pulmonary Reported 92
egg or infected paratenic vascular 
host; transmammary hypertrophy

Strongyloidea

Ancylostoma braziliense Africa, Americas Cats, canids Small intestine Ingestion of infective larva Focal hemorrhaging at Common 98
or paratenic hosts; skin feeding sites, 
penetration anemia

Ancylostoma Asia, southern Africa Cats, canids Small intestine Ingestion of infective larva Focal hemorrhaging Reported 98
ceylanicum or paratenic hosts; skin at feeding sites, 

penetration anemia
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Uncinaria stenocephala Worldwide, mostly Cats, dogs Small intestine Ingestion of infective larva Mild focal Reported 98
north of the or paratenic hosts; skin hemorrhaging at 
equator penetration feeding sites

Trichostrongyloidea

Ollulanus tricuspis Americas, Australia, Cats, other Stomach Ingestion of larva passed Gastritis Not reported 76
Europe, Northern carnivores, swine by emesis
Africa

Spirurida

Abbreviata gemina Egypt Cats, wild carnivores, Stomach Ingestion of intermediate Unknown Not reported 76
chickens host (insects)

Cyathospirura seurati Worldwide Cats, foxes, rats Stomach Ingestion of intermediate Unknown Not reported 76
host (arthropods)

Cylicospirura felineus Australia, India, Cats Stomach Ingestion of intermediate Purulent gastric cysts Not reported 76
New Zealand, host (arthropods)
North America

Cylicospirura Africa, India, Cats, wild carnivores Stomach Ingestion of intermediate Purulent gastric cysts Not reported 76
subaequalis South America host (arthropods)

Physaloptera Ceylon Exotic felids Stomach Ingestion of intermediate Unknown Not reported 76
brevispiculum host (insects)

Physaloptera Worldwide Cats Stomach Ingestion of intermediate Gastritis Reported 76, 109
praeputialis host (insects)

Physaloptera Philippine Cats Stomach Ingestion of intermediate Gastritis Not reported 76, 109
pseudopraeputialis Islands, US host (insects)

Physaloptera pacitae Central America, Cats Stomach Ingestion of intermediate Unknown Not reported 76
Philippine Islands host (insects)

Physaloptera rara US Cats, dogs, other Stomach, Ingestion of intermediate Gastritis Unknown 76, 109
carnivores duodenum host (insects)

Trichuroidea

Trichuris spp. Americas, Australia, Cats Cecum, colon Ingestion of embryonated None Not reported 76
Europe egg

Dioctophymatoidea

Soboliphyme baturini North America, Asia Martens (Martes Stomach wall Unknown None Not reported 166
americana), cats

Acanthocephala

Oncicola canis Americas Canids, cats Small intestine Ingestion of intermediate Enteritis, intestinal Not reported 168
host (cockroaches) or perforation
paratenic host (armadillos, 
turkeys)

Oncicola companulatus South America Cats Small intestine Ingestion of intermediate Enteritis, intestinal Not reported 168
or transport host perforation
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TABLE 18.3 Parasites of cats—respiratory system.

Geographic Location Method of Pathologic 
Parasite Distribution Hosts in Host Infection Effects Zoonosis Reference

Trematodes

Paragonimus North America Cats, dogs, wild Lungs, Ingestion of Focal Reported 80
kellicotti carnivores, occasionally crustacean emphysema, 

domestic other organs intermediate lung cysts, 
animals host (crab, pneumothorax

crayfish)
Paragonimus Asia Cats, dogs, wild Lungs, Ingestion of Focal emphysema, Reported 80

westermanii carnivores, occasionally crustacean lung cysts, 
domestic other organs intermediate pneumothorax
animals host (crab, 

crayfish)

Nematodes

Strongylida

Mammomonoga- Asia, Caribbean, Cats Nares, Indirect; otherwise Inflammation of Reported 169
mus spp. South America nasopharynx, unknown the nasopharynx

trachea

Metastrongyloidea

Aelurostrongylus Worldwide Cats Lungs (omentum Ingestion of Focal areas of Not 106
abstrusus in rodents) paratenic host pulmonary reported

(small consolidation
vertebrates)

Anafilaroides Asia, Israel, Cats, wild Lungs Ingestion of Unknown Not 170, 171
rostratus North America rodents intermediate reported

or transport 
host (rodents)

Troglostrongy- Africa, Cats Lungs Ingestion of inter- Unknown Not 173
lus spp. North America mediate host reported

or transport 
host (rodents)

Vogeloides spp. Asia, Eastern Cats Lungs Unknown Unknown Not 76, 167
Europe, reported
North America

Trichuroidea

Eucoleus Europe,  Cats, foxes, dogs Lungs Ingestion of Tracheobronchitis, Reported 110
aerophilus North and embryonated pulmonary edema, 

South America eggs hemorrhage, 
pneumonia
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TABLE 18.4 Parasites of cats—skin and connective tissue; musculoskeletal, urogenital, and central nervous systems.

Geographic Method of Pathologic 
Parasite Distribution Hosts Location in Host Infection Effects Zoonosis Reference

Flagellates

Leishmania spp. Americas (cutaneous Cats, dogs, sloths, Macrophages, spleen, Bite of infected sand Visceral or Reported 1
form), Europe, Middle rodents, primates, bone marrow, skin fly vector cutaneous 
East, northern Africa other mammals lesions
(visceral form)

Trypanosoma cruzi Americas Cats, other mammals Muscle, skin, visceral Ingestion of infected Myocarditis Common 11
organs, blood bug vector

Nematodes

Strongyloidea

Mammomonogamus China Cats Middle ear Indirect, otherwise Hemorrhagic Not reported 76
auris unknown middle ear 

mucosa

Trichuroidea

Pearsonema feliscati Worldwide Cats Urinary bladder Ingestion of Cystitis Not reported 114
intermediate host 
(earthworms) or 
paratenic host

Diptera (flies)

Cuterebridae (bot flies) Americas Cats, rodents, Subcutaneous, nasal Direct contact “warbles,” feline Reported 115, 118
lagomorphs passages ischemic 

encephalopathy
Psychodidae (sand flies) Worldwide Cats, dogs, other Skin Direct contact None Common 119

mammals, birds

Phthiraptera (lice)

Felicola subrostratus Probably worldwide Cats Pelage Direct contact Mild dermatitis, Not reported 122
alopecia

Siphonaptera (fleas)

Ctenocephalides spp. Worldwide Cats, dogs, other Pelage, skin Direct contact Dermatitis, Common 123
mammals pathogen 

transmission
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TABLE 18.4 (Continued )

Geographic Method of Pathologic 
Parasite Distribution Hosts Location in Host Infection Effects Zoonosis Reference

Arachnida

Mites

Astigmates

Lynxacarus radovskyi Australia, US Cats Pelage Direct contact Dry, dull, rust- Reported 140
colored coat

Notoedres cati Africa, Europe, Cats, rabbits, Skin (ears, head, neck) Direct contact Scaly dermatitis, Reported 142
North America coatimundi alopecia, 

excoriation
Otodectes cynotis Worldwide Cats, rabbits, Auditory canal Direct contact Inflammation, Reported 147

coatimundi torticollis

Prostigmates

Cheyletiella blakei Worldwide Cats Skin Direct contact Dermatitis, Common 128
crusting

Demodex cati Worldwide Cats Skin Direct contact Dermatitis, Not reported 132
alopecia

Demodex gatoi Unknown Cats Epidermal surface Direct contact Dermatitis, Not reported 132
alopecia in 
immune-
compromised cat
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INTRODUCTION

Parasites must be considered as variables in biomedical
research. Parasitic infections can spread quickly through a
herd and are often easily recognized by the presence of
moribund or dead pigs. However, loss of appetite, reduction
in rate of gain, poor feed utilization, potentiation of other
pathogens, and interference with research are the more
common results of parasitism in the research animal facility.
Parasite prevalence rates vary greatly, depending on
geographic region, type of housing, management, nutrition,
pig breed and strain, and species of parasite. The parasites

discussed in this chapter are those more likely to be
encountered in the research environment, while the tables at
the end of the chapter also include less common parasites.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Isospora suis
Morphology. Oocysts are large, oval to subspherical, and
measure 24.6 µ to 31.9 µ long by 23.2 µ to 29 µ wide1.

Hosts and Life Cycle. Isospora suis has been identified
in pigs throughout the world. The life cycle is direct.Tables are placed at the ends of chapters.
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Oocysts released in the feces sporulate in the environment
in four days. Sporozoites are released following ingestion.
These undergo schizogony, followed by gametogony, in the
small intestine. The prepatent period is six to eight days.

Pathologic Effects and Clinical Disease. Typically,
only young pigs are affected, while adults are asymptomatic
carriers. The predominant clinical sign is profuse diarrhea.
Other signs include emaciation, terminal constipation, and
death.

Diagnosis, Treatment, and Prevention. Presumptive
diagnosis is by finding large numbers of characteristic
oocysts in diarrheic feces. The diagnosis is confirmed
histologically. The condition can be treated with Amprolium.
Supplemental fluids and electrolytes may facilitate recovery.
Prevention is based on improved hygiene and eliminating
overcrowding.

Public Health Considerations. Isospora suis does not
infect humans.

Phylum Ciliophora

Balantidium coli

The ciliated protozoan Balantidium coli is a common,
commensal organism found globally in the cecum and
anterior colon of swine, including those used in research. It
also infects guinea pigs, dogs, rats, and primates, including
humans. The motile trophozoite is pleomorphic and
measures 30 µ to 150 µ long by 25 µ to 120 µ in diameter.
Trophozoites are covered with longitudinal rows of cilia.
A subterminal cytostome is present. Cysts measure 40 µ to
60 µ in diameter. A kidney-shaped macronucleus and a
smaller micronucleus are present in both trophozoites
and cysts.

Reproduction is by binary fission. Environmentally
resistant cysts are released into the environment. In the
intestinal tract, B. coli feeds on starch, bacteria, ingesta,
and nematode eggs. It is a secondary invader into mucosal
lesions, following other invaders, and produces hyaluronidase,
which enlarges lesions.

Humans, other primates, and dogs have been found
clinically affected in zoos and in areas near hog farms.
B. coli may cause an explosive bloody diarrhea in these
species. Treatment is generally not warranted, though
B. coli can be eliminated with oxytetracycline1. It is proba-
bly impractical to attempt to keep swine free of B. coli.
However, strict adherence to sanitation protocols mini-
mizes infections. Animal care personnel should practice
excellent personal hygiene when working with pigs.
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CESTODES

Cyclophyllidea

Taenia solium

Swine serve as the natural intermediate host for Taenia
solium (Syn. Cysticercus cellulosae), while humans serve as
the natural definitive host. Larval forms (cysticerci)
develop in the skeletal and cardiac muscles of the pig fol-
lowing ingestion of proglottids in human feces. Cysticerci
measure up to 18 mm in diameter, and are infective by two
to three months and remain so for two years.

Following ingestion of infected muscle tissue by
humans, tapeworms mature to the adult stage in the small
intestine. Cysticercosis in swine is usually of no clinical
significance, though very heavy infections may cause
myocarditis. Humans may also serve as intermediate hosts
of T. solium, and may develop life-threatening infections of
the central nervous system. Infections in swine are gener-
ally diagnosed incidentally at necropsy. Thus, treatment is
typically not attempted. Infections in swine can be pre-
vented by prohibiting access to human feces. While
cysticercosis is a life-threatening condition for humans, it
is not likely that animal workers will contract the disease
from research swine, unless carcasses are made available for
human consumption.

NEMATODES

Superfamily Rhabditoidea

Strongyloides ransomi

Morphology. Only parthenogenetic females are present
in the parasitic generation. Adults are practically micro-
scopic, measuring just 3.3 mm to 4.5 mm in length. The
filariform esophagus occupies about a third of the total
body length. The vulva is located near the middle of the
body. The thin-shelled eggs passed in the feces contain lar-
vae and measure 45 µ to 55 µ long by 26 µ to 35 µ wide
(Figure 19.1).

Hosts. Strongyloides ransomi, the small-intestinal
threadworm, parasitizes swine, primarily in the warmer
climatic regions, where it is an important parasite of
suckling pigs.

Life Cycle. Larvated eggs passed in the feces hatch in a
few hours into first-stage rhabditiform larvae. These may
develop either directly into infective larvae (homogonic
cycle) or into males and females (heterogonic cycle), which
in turn produce infective larvae. In the homogonic cycle,
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infective larvae can appear in a little more than a day. In the
heterogonic cycle, infective larvae can appear in 2.5 days.

Swine become infected through several routes. Per-
cutaneous penetration by larvae produce patent infections
in six to 10 days. Larvae enter the bloodstream, proceed to
the lungs, undergo tracheal migration, and are swallowed.
Oral infections occur when ingested larvae penetrate the
mucous membranes and migrate to the lungs. Third-stage
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larvae arriving in the stomach are killed by gastric
secretions. Transcolostral infection may also occur by four
days after birth. This is considered the primary means of
infection of neonates in the southeastern United States.
Larvae in the sow colostrum differ physiologically from
infective larvae in the environment, and pass through the
stomach and develop into adults in the small intestine
without migration. Larvae responsible for infection of

Fig. 19.1 Eggs of common swine parasites. (A) Strongyloides egg is thin-shelled, lacking one of three layers, and larvated; (B) Ascarops egg is larvated
and similar to that of Physocephalus and Gongylonema; (C) Ascaris egg has an outer proteinaceous layer which is often missing; (D) Metastrongylus
egg; (E) Oesophagostomum egg; (F) Hyostrongylus egg; (G) Globocephalus egg; (H) Stephanurus dentatus egg passed in the urine; (I) Trichuris egg;
(J) Macracanthorhynchus egg. All eggs photographed at the same magnification. Reproduced from Corwin, R.M. and Stewart, T.B. (1999) with
permission.
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neonates are sequestered in the mammary fat of the sow and
apparently are mobilized and included in the colostrum3,4.
Prenatal infection results in patent infections in suckling
pigs as early as two to three days after birth. Larvae from the
sow accumulate in various tissues of the fetus during the
latter part of pregnancy, and complete migration to the
small intestine of the newborn rapidly after birth.
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Pathologic Effects and Clinical Disease. Infected
pigs develop diarrhea, followed by progressive dehydra-
tion. In heavy infections, death generally occurs before
pigs are 10 to 14 days old, but stunting and unthriftiness
are the more usual sequelae of S. ransomi infection5. Larvae
can be distributed throughout most tissues of the body,
and lesions depend on the number of larvae and host

Fig. 19.1 (Continued )
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measure 50 µ to 80 µ long by 40 µ to 60 µ wide. The eggs
are unsegmented when passed (Figure 19.1).

Hosts. Ascaris suum infects swine and is found world-
wide. It is the most common gastrointestinal worm
parasite in pigs, with typical prevalence rates of 50% to
75%. It is more common in growing pigs than in mature
pigs. Although now recognized as a separate species, the
large roundworm of humans, A. lumbricoides, was once
thought to represent human infections with A. suum.

Life Cycle. The life cycle of A. suum is direct, and
involves a hepatotracheal migration route. Eggs are laid in

response6. In this regard, Duroc pigs are less susceptible
to the effects of infection than Hampshire pigs, and the
F1 cross of the two breeds is intermediate in response7.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of eggs in feces or finding the adults in
the small intestine at necropsy, when there is a history of
diarrhea and unthriftiness. However, care must be taken
because clinical disease can be confused with colibacillosis
and coccidiosis. Infections with somatic and adult
worms may be treated with ivermectin (injectable or feed
additive), doramectin, thiabendazole, and levamisole2.
Infective larvae are susceptible to environmental extremes,
particularly dessication. Thus, infections can be prevented
by providing clean, dry housing for research swine.

Public Health Considerations. Strongyloides ran-
somi does not infect humans.

Superfamily Ascaridoidea

Ascaris suum

Morphology. Ascarids are large, stout-bodied, pinkish-
yellow nematodes with three prominent lips surrounding
the mouth (Figure 19.2). Females measure 20 cm to 40 cm
long, and the males measure 15 cm to 25 cm long. The
male tail is conical and bent ventrally. Males have two
stout spicules. The female vulva is anterior to the middle of
the body. Eggs are thick-shelled and brownish-yellow with
a mammillated proteinaceous coating on the exterior and

Fig. 19.1 (Continued )

Fig. 19.2 The three lips of Ascaris suum. Reproduced from Corwin,
R.M. and Stewart, T.B. (1999) with permission.
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the intestine of the pigs and pass out in the feces. At room
temperature, infective, third-stage larvae develop in about
a month8. Eggs remain infective for seven years or longer
if protected from environmental extremes. Following
ingestion, eggs hatch in the digestive tract. The liberated
third-stage larvae penetrate the intestinal wall and gener-
ally pass via the hepatic portal system to the liver. A few,
however, may pass via the lacteals to the mesenteric lymph
nodes. Still others may be found in the peritoneal cavity.
Most larvae arrive at the liver by the first or second day
after ingestion, and are in the lungs by days four to seven.
Beginning on day eight, larvae penetrate the bronchioles,
are coughed up into the trachea, and are swallowed. By 10
to 15 days after infection, larvae have returned to the small
intestine and molted to the fourth larval stage. At this
time, some larvae move from the small intestine into the
cecum and colon. The final molt to the young adult stage
occurs 21 to 30 days after ingestion of eggs. The prepatent
period is 40 to 53 days.

Female ascarids are phenomenal egg producers, capable
of laying hundreds of thousands to nearly 2 million eggs
per day. The eggs are sticky and are easily transported by
cockroaches and other arthropods, birds, boots, etc. Most
disinfectants have no effect on the eggs, but heat (steam)
and direct sunlight render them nonviable.

Most adult A. suum live in pigs only about six months,
at which time acquired immunity causes them to begin to
be expelled. Thereafter, pigs may continue to carry a light
infection for a year or longer. In foreign hosts such as
humans or other animals, larvae may migrate, but are
generally unable to develop to adults in the intestine and
are expelled in the feces if they reach the digestive system.
Thus, the life cycle is not completed in these aberrant hosts.

Pathologic Effects. Following ingestion, larvae
migrate through the liver and cause focal lesions that
consist of eosinophilic infiltration, lymphoid nodules in
portal areas, and hemorrhaging. On repeated exposure
there is an increase in connective tissue, infiltrating
eosinophils, and dilation of lymphatics, which grossly
appear as whitish spots, commonly referred to as “milk
spots.” Such lesions disappear within 25 days.

In the lungs, migrating larvae cause verminous
pneumonia, which may result in death if large numbers of
larvae are involved. Clinical signs are those of pneumonia.
Pigs have an asthmatic cough (“thumps”) and may breathe
with difficulty. Hemorrhagic foci are present in the lungs.
In addition, there may be an exudate, edema, and emphy-
sema with secondary bacterial pneumonia. Migration of
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A. suum larvae markedly enhances the pathogenicity of
swine influenza virus and other respiratory pathogens.

Adult worms also compete with the host for nutrients
and interfere with absorption of nutrients by the host. They
may occlude and rupture the small intestine (Figure 19.3).
Adult worms may also migrate into the common bile duct
and occlude it, causing icterus.

Diagnosis. Diagnosis is by finding the characteristic
eggs in fecal flotation or milk spot liver lesions at necropsy.
In heavy infections the adult worms can be seen and felt in
the intact intestine. In areas where the kidney worm is
endemic, liver lesions must be differentiated because early
lesions caused by Stephanurus dentatus can be confused
with those caused by A. suum.

Treatment. Feeding pyrantel tartrate for several weeks
can be helpful under lot or pasture conditions to control
infections and reduce lesions from ascarids. Prophylactic
use of pyrantel or repetitive treatments with fenbendazole
reduce worm populations and also appear to stimulate
immunity against A. suum9,10. Anthelmintics effective
against adult worms include ivermectin (injectable or feed
additive), doramectin, moxidectin, levamisole, dichlorvos,
and piperazine2.

Prevention. Eggs are remarkably resistant to common
disinfectants that are used in the animal facility. Thus, it is
extremely important to prevent the buildup of ascarid eggs in
the animal facility environment. Eggs can be killed with steam.

Public Health Considerations. Ascaris suum causes
visceral larva migrans in humans. Animal workers should
practice excellent personal hygiene when working with
potentially infected pigs.

Fig. 19.3 Ascaris emerging from a tear in the gut wall. Photo by Mark
Martinez. Reproduced from Corwin, R.M. and Stewart, T.B. (1999)
with permission.
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Superfamily Strongyloidea

Globocephalus urosubulatus

The hookworm of swine, Globocephalus urosubulatus, may
be found in feral and pastured swine throughout the world,
but is uncommon in laboratory swine. Adult worms
measure 4.5 mm to 5.5 mm long and the females measure
5 mm to 6 mm long. The mouth opens subdorsally, and the
buccal capsule is globular or funnel-shaped (Figure 19.4)11.
The eggs are typically strongyloid and measure 52 µ to 56 µ
long by 26 µ to 35 µ wide (Figure 19.1). Pigs become
infected by ingestion or skin penetration of infective larvae.
Adults mature in the small intestine. Little is known of the
pathology caused by G. urosubulatus, but it is likely similar
to hookworm diseases of other animals.

Anthelmintics useful for treating canine hookworm
disease may also be effective for treating swine infected
with G. urosubulatus. Ivermectin is not effective12. Because
G. urosubulatus survives best in moist environments, such
as pastures, housing research pigs indoors or on concrete
greatly decreases opportunities for infection. Globocephalus
urosubulatus has not been reported to infect humans.

Oesophagostomum spp.

Morphology. Adult female Oesophagostomum have stout,
slightly curved bodies, and measure 1 cm to 2 cm long.
Males are slightly shorter. Species differentiation is by
shape of the esophagus and buccal capsule and the length
of the tail and spicules (Figure 19.5). The eggs measure
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70 µ long by 40 µ wide; they are morulated when passed,
thin-shelled, and typically strongyloid (Figure 19.1).

Hosts. Swine are the natural hosts to at least three
species of Oesophagostomum. Of these, O. dentatum and
O. quadrispinulatum are the most common and occur
throughout the world. Another species, O. brevicaudum,
occurs in the southeastern United States and Asia. Two
additional named species, O. granatensis in Europe and
O. georgianum in the southeastern United States, are
probably morphovariants of O. dentatum13,14.

Life Cycle. Eggs are deposited in the environment.
First-stage larvae emerge and molt to the infective third
larval stage by one week, and can survive on pastures for up
to 12 months. Swine are infected by ingesting third-stage
larvae in pens or on pasture, by mechanical transmission
by flies, or by ingesting rats harboring encysted larvae15.
After ingestion, larvae enter the mucosa of the cecum and
colon and molt to the fourth larval stage, and then return
to the intestinal lumen for the final molt to adult. The
prepatent period is three weeks.

Pathologic Effects and Clinical Disease. Mucosal
larvae induce the formation of nodules in the cecum
and rectum16,17. These may be associated with focal
petechiation18. Locally, there is also focal thickening of the
mucosa due to inflammation consisting of lymphocytes,

Fig. 19.4 Scanning electron micrograph of anterior end of adult
female Globocephalus sp.

Fig. 19.5 Scanning electron micrograph of anterior of Oesophagosto-
mum brevicaudum. Reproduced from Corwin, R.M. and Stewart, T.B.
(1999) with permission.
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macrophages, and eosinophils. By one week after infection,
nodules may measure up to 8 mm in diameter and be filled
with yellow to black necrotic debris. The wall of the cecum
and colon become edematous from extensive thrombosis of
lymphatics, with the possible formation of localized
fibrinonecrotic membranes. Resolution begins the second
week, with ultimate scarring at the former sites of nodule
formation.

Secondary infections may occur and exacerbate the
clinical signs, which include depression, anorexia, and
scouring. Pigs older than three months of age are more
susceptible to disease19. A periparturient rise in fecal egg
count is maintained through lactation, with subsequent
expulsion of worms19,20.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding characteristic eggs in feces. Feeding pyrantel tar-
trate for several weeks can be helpful under lot or pasture
conditions to control infections and reduce lesions caused
by nodular worms. Other effective anthelmintics include
ivermectin (injectable or feed additive), doramectin,
moxidectin, fenbendazole, and piperazine2.

Public Health Considerations. Humans may
become infected with Oesophagostomum spp. of pigs21.
Animal workers should practice excellent personal hygiene
when working with infected swine.

Stephanurus dentatus

Morphology. Adult Stephanurus dentatus, swine kidney
worms, are thick-bodied with black and white mottling
from contents of the reproductive and intestinal tracts
showing through the cuticle. Adult worms measure 1 cm to
3 cm long by 2 mm in diameter. The eggs are typical of the
superfamily. They are ellipsoidal, thin-walled, and moru-
lated, and measure 120 µ long by 70 µ wide (Figure 19.1).

Hosts. Domestic and feral pigs raised on soil in
warm climates are most often infected. In North America,
S. dentatus is found from the Carolinas to southern
Missouri in the United States; interstate transport accounts
for the worm’s appearance as far north as Canada22.

Life Cycle. Adult worms may be found in the kidneys
and in cysts within the perirenal fat, with fistulous openings
into the ureters. Worms may also be found in ectopic sites,
including the pancreas, lumbar muscles, spinal cord, and
lungs. Eggs are voided in the urine, with the greatest num-
bers found at first urination from overnight accumulation
in the bladder. Eggs hatch in one to two days, molt to the
infective third larval stage in three to five days, and survive
for several months in warm, moist, shaded conditions.
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Infection occurs through ingestion or skin penetration
of infective larvae or by ingestion of infected earthworm
paratenic hosts23,24. Prenatal infection sometimes occurs25.
Following infection, larvae migrate from the small intestine
to the mesenteric lymph nodes and molt to the fourth
larval stage, which move through portal veins to the liver26.
Other larvae migrate to the bronchioles, pancreas, or
spleen27. In the liver, fourth-stage larvae undergo a final
molt to the young adult stage, leave the liver, and migrate
through the body cavity to perirenal and mesenteric fat26.
The prepatent period is typically nine to 12 months, and
eggs may be shed for up to three years25.

Pathologic Effects and Clinical Disease. Larval
migration is associated with pathological changes. Thus,
mesenteric lymph nodes may be edematous and swollen.
Hepatic changes include inflammation, eosinophilia,
abscess formation, and extensive fibrosis, making this
infection easily differentiated from ascarid migration.
Similar lesions can be seen in other organs. Nodules are
formed in perirenal fat, and fistulous tracts are present
along the ureters. Posterior paralysis has been associated
with migration around the spinal cord.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in the urine or adult worms at necropsy.
Infections can be treated with ivermectin, doramectin,
fenbendazole, and levamisole2. Where research swine are
bred on site, a management system in which only gilts are
used as breeders and boars are kept separate from gilts will
effectively eliminate kidney worms. This is due to the long
prepatent period, and because only animals two years old
or older pass kidney worm eggs in significant numbers.
Swine breeders that provide animals to local research
facilities should use this management system2.

Public Health Considerations. Stephanurus dentatus
has not been reported to infect humans.

Superfamily Trichostrongyloidea

Hyostrongylus rubidus

Morphology. Adult Hyostrongylus rubidus are slender,
red worms with cuticular striations (Figure 19.6). Males
measure 4 mm to 7 mm long and females measure 5 mm to
9 mm long. Males have a pair of short spicules and a bursa.
The female vulva is located on the mid posterior half of the
body. Cervical papillae are present. The eggs are typical
strongyle type and are in the 16- to 32-cell stage when
passed in the feces. They are thin-shelled and measure 60 µ
to 76 µ long by 30 µ to 38 µ wide (Figure 19.1).
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Hosts. Hyostrongylus rubidus is the red stomach worm
of pigs. Worms are commonly found in the lesser curva-
ture of the stomach.

Life Cycle. Eggs develop on the ground into infective
third-stage larvae in about seven days. After ingestion, the
infection becomes patent in about 21 days. Larvae enter the
gastric glands, where they remain for about two weeks
where they molt twice, returning to the lumen as young
adults. Larvae can remain in the mucosa for several months
in a histotrophic stage similar to that of Ostertagia sp. of
cattle and sheep, and cause formation of small nodules.

Pathologic Effects and Clinical Disease. Infections
are typically nonpathogenic. Heavily infected pigs may
develop hyperemia, catarrhal gastritis, submucosal edema,
hyperplasia of the gastric gland area, erosion of the
mucosa, and gastric ulcers28–30. Hyostrongylus rubidus is a
blood sucker, and in herds with clinical hyostrongylosis,
emaciation and pallor of the skin and mucous membranes
may be apparent in adult animals31,32. Clinically unappar-
ent infections can lead to reduced weight gains and feed
conversion as well as nitrogen imbalance33,34.

Diagnosis, Treatment, and Prevention. The eggs are
nearly indistinguishable from those of Oesophagostomum
spp. in both size and morphology, although H. rubidus
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eggs are more advanced in development. The two can be
differentiated by larval culture35. Several anthelmintics are
effective against H. rubidus, including ivermectin
(injectable or feed additive), doramectin, fenbendazole,
thiabendazole, dichlorvos, and pyrantel tartrate2. Because
H. rubidus survives best in moist environments, such as on
pasture, housing research pigs indoors or on concrete
greatly decreases opportunities for infection.

Public Health Considerations. Hyostrongylus
rubidus does not infect humans.

Superfamily Metastrongyloidea

Metastrongylus spp.

Morphology. Adult Metastrongylus spp. are slender and
white, with females measuring 50 mm in length and males
25 mm in length. Males have paired spicules. Mucoid
deposits around adults make it difficult to separate
individuals. Eggs are embryonated and thick-shelled and
measure 40 µ to 50 µ in diameter (Figure 19.1).

Hosts. Species found in swine include M. apri
(Syn. Metastrongylus elongatus), M. confusus, M. pudendo-
tectus, M. madagascariensis, and M. salmi. These occur
exclusively in the bronchi and bronchioles, especially the
diaphragmatic lobes, of swine. Metastrongylus spp. occur
worldwide and natural infections often consist of two
species. M. apri is the most common of the known species.

Life Cycle. Embryonated eggs are released by female
worms, coughed up and swallowed, and pass out with the
feces. Earthworms ingest these eggs, which then hatch, and
first-stage larvae migrate to the heart of the earthworm
host. Infective larvae develop within 10 days. Infected
earthworms are consumed by rooting swine. In the pig,
third-stage larvae penetrate the wall of the intestine and are
transported to the mesenteric lymph nodes, where they molt
to the fourth larval stage. These are then transported via the
circulation, to the lungs (Figure 19.7), where they undergo
their final molt. The prepatent period is four weeks.

Pathologic Effects and Clinical Disease. Dissection
of the bronchioles reveals mucoid plugs in the diaphrag-
matic lobes of the lungs, representing accumulations of
adult worms and eggs. Parasites, mucus, and cellular exu-
date cause airway occlusion and induce atelectasis, observed
as coughing or “thumps.”

Diagnosis. The eggs of Metastrongylus spp. may be
difficult to find in fecal flotations. Recognition may be
facilitated by examining mucous aggregates for entrapped
eggs. At necropsy, lungworms can be extruded by clipping

Fig. 19.6 Scanning electron micrograph of anterior of Hyostrongylus
rubidus showing cuticular striations. Reproduced from Corwin, R.M.
and Stewart, T.B. (1999) with permission.
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the posteroventral margins or the tip of the diaphragmatic
lobes of the lungs.

Treatment and Prevention. Lungworm infections
may be treated with ivermectin (injectable or feed additive),
doramectin, moxidectin, fenbendazole, and levamisole.
Infection can be prevented by eliminating sources of earth-
worm intermediate hosts. This requires housing research
pigs indoors or on concrete.

Public Health Considerations. Metastrongylus spp.
do not infect humans.

Superfamily Spiruroidea

Ascarops strongylina

Ascarops strongylina is found in the stomach of pigs world-
wide. Wild rodents have also been found to be infected36.
Adult male worms measure 10 mm to 15 mm long and the
females measure 16 mm to 22 mm long. Adult worms are
red and the buccal capsule bears a pair of teeth anteriorly11.
The eggs are thick-shelled and measure 34 µ to 40 µ long
by 18 µ to 22 µ wide (Figure 19.1). The life cycle of
A. strongylina is indirect. Pigs become infected by consum-
ing coprophagus beetles. Ascarops strongylina may cause
gastritis when present in large numbers. Infections are best
treated with dichlorvos or fenbendazole2. Infection can be
prevented by eliminating sources of beetle intermediate
hosts. Ascarops strongylina does not infect humans.

Gongylonema pulchrum

Gongylonema pulchrum inhabits the epithelial layer of the
esophagus and tongue of swine and ruminants and less
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commonly, rabbits, deer, bears, squirrels, horses, camels,
and primates, including humans, throughout the world.
Adult male worms measure up to 62 mm long and females
measure up to 145 mm long11. Anteriorly, the cuticle bears
numerous round or oval thickenings, and cervical alae are
prominent (Figure 19.8). The spicules are unequal in
length. The eggs are thick-shelled and measure 57 µ to
59 µ long by 30 µ to 34 µ wide.

The life cycle is indirect. Eggs released in the feces are
ingested by coprophagus beetles, in which the eggs hatch
and larvae develop to the infective stage in 30 days. Pigs
become infected after consuming infected beetles. Larvae
migrate anteriorly from the stomach to the esophagus and
oral cavity of the definitive host. Adult worms are not
highly pathogenic, though mild inflammatory reactions
do occur. When chronic, these may lead to hypertrophy of
the epithelium.

Diagnosis is by finding the characteristic eggs in fecal
samples. There are no effective anthelmintic treatments
reported for pigs infected with. G. pulchrum. Infection
can be prevented by eliminating sources of arthropod inter-
mediate hosts. Rarely, humans have become infected with
G. pulchrum. Animal workers should practice excellent
personal hygiene when working with infected pigs.

Physocephalus sexalatus

Physocephalus sexalatus is found in the stomach of
pigs throughout the world. It has also been found in
lagomorphs and other mammals. Adult male worms

Fig. 19.7 Cluster of Metastrongylus worms in a terminal bronchiole of
the diaphragmatic lobe of the lung. Photo by Blaise Brazos. Reproduced
from Corwin, R.M. and Stewart, T.B. (1999) with permission.

Fig. 19.8 Scanning electron micrograph of anterior end of adult
female Gongylonema sp.
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measure 6 mm to 13 mm long and females measure 13 mm
to 22.5 mm long. The cuticle of the anterior end is slightly
inflated in the region of the pharynx, and the inflation is
followed by three cervical alae on either side11. The mouth
is small and lacks teeth. The eggs are thick-shelled and
measure 31 µ to 39 µ long by 12 µ to 17 µ wide. The life
cycle is similar to that of Ascarops strongylina. Heavily
infected animals develop gastritis, including inappetence,
excessive thirst, growth retardation, and death.

Diagnosis is by finding the characteristic eggs in the
feces. Infections may be eliminated with dichlorvos or
fenbendazole2. Infection can be prevented by eliminating
sources of arthropod intermediate hosts. Physocephalus
sexalatus does not infect humans.

Superfamily Trichuroidea

Trichinella spiralis

Morphology. First-stage larval Trichinella spiralis cysts in
muscle tissue measure 400 µ to 600 µ long and 250 µ in
diameter. Adult female worms are found in small intestinal
lamina propria. They have a stichosome-type esophagus,
produce larvated eggs in utero, and measure 3 mm to
4 mm long and 60 µ in diameter. Adult males are rarely
seen, but are about one-half the size of females.

Hosts. All mammalian species are probably suscepti-
ble to infection with T. spiralis, though climate appears to
influence natural cycles. For example, in temperate zones,
the natural cycle typically includes swine and bears as natu-
ral hosts37, while in the arctic zone polar bears, grizzly bears,
and walruses are natural hosts38,39. Other species, including
humans, become infected incidentally. Trichinellosis is
found less frequently in tropical zones. Regulation of
garbage feeding to swine, public health programs, and
recently improved trichinoscopic and serodiagnostic tech-
niques have reduced the prevalence of this infection.

Life Cycle. Muscle cysts are ingested and digested in
the stomach and small intestine, and first-stage larvae are
liberated into the small intestine. Molting from first stage
through the young adult stage occurs in two to six days.
Males die soon after mating and females burrow into
lymph spaces, where they deposit larvae. Larvae circulate
in the blood from eight to 25 days postinfection, then
penetrate the sarcolemma of skeletal muscle fibers
throughout the body and become encysted by three
months (Figure 19.9). Although calcification of cysts
begins at six to nine months, first-stage larvae remain
viable for up to 11 years, demonstrating the symbiotic
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relationship between the larvae and the host muscle fiber,
or “nurse cell”40.

Modes of transmission in swine herds include
cannibalism, tail biting, scavenging on carcasses of dead
animals (cats, foxes, raccoons), and direct or indirect feeding
of raw garbage. Some hog lots are built on covered garbage
dumps41–44.

Pathologic Effects and Clinical Disease. Trichinella is
much less pathogenic for swine than for rats and humans.
Experimental infections in pigs cause decreased weight gains
and intense muscle pain, but most pigs recover with rapid
weight gain45. Experimentally infected miniature pigs develop
eosinophilia and hypergammaglobulinemia46. Clinical illness
has not been described in naturally infected pigs.

Diagnosis. Diagnosis is by digestion of muscle at
necropsy, or by enzyme-linked immunosorbent assay
(ELISA) for detection of Trichinella-specific antibodies47. A
pooled-sample digestion method using 5-gram to 6-gram
diaphragm samples from lots of 20 pig carcasses has been
adopted by several European countries but not by the U.S.
Department of Agriculture48. Pooled samples are digested
and homogenized using 1% pepsin/1% HCL and a mixing
action which simulates peristaltic motion of the stomach.
Analysis of pooled samples can be accomplished in
1.5 hours49. An ELISA test using an excretory antigen for
diagnosis of trichinosis was evaluated in the field with sera
from herds with ongoing transmission of T. spiralis50.
Results showed a sensitivity of 93% to 96% with sera from
infected pigs. Of those that were false-negative, most had
fewer than five larvae per gram of tissue.

Treatment and Prevention. Ivermectin has no
anthelmintic activity against T. spiralis, whereas excellent

Fig. 19.9 Trichinella larvated cyst. Photo by Blaise Brazos. Reproduced
from Corwin, R.M. and Stewart, T.B. (1999) with permission.
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efficacy was reported for albendazole2. Calf thymus
extract, cyclosporin A, and the experimental compound
luxabendazole have also been proven to be efficacious51.

Public Health Considerations. While trichinosis
remains an important zoonotic disease, animal workers
cannot become infected as a result of working with
infected research swine.

Trichuris suis

Morphology. Adult female Trichuris suis measure 6 cm to
8 cm long while males measure about half that length. The
anterior or esophageal portion of the worm measures
0.5 mm in diameter and extends two thirds the length of the
body. The esophagus is a stichosome-type, consisting of a
column of spiraling stichocytes, one cell layer in thickness. A
microscopic lancet protrudes from the stoma in all stages.
Glandular and muscular components are interspersed along
the esophagus. The posterior third of the body is thicker,
measuring 0.65 mm in diameter, and contains the midgut
of the worm and the reproductive tract.

Bipolar, thick-shelled eggs may be seen in the uterus of
the female, and a single copulatory spicule is present in the
male. Eggs measure 60 µ long by 25 µ wide, are yellow to
brown, and are released in the one-cell stage (Figure 19.1).

Hosts. Wild and domestic swine are the natural hosts
of Trichuris suis, the swine whipworm. However, primates,
including humans, may also be infected52. Whipworms are
globally distributed and are common in endemic areas.

Life Cycle. Eggs passed in the feces require three to
four weeks to embryonate to the infective, first larval stage.
They can remain infective for as long as six years. After
ingestion, infective eggs hatch in the small intestine and
cecum, where the released larvae penetrate cells lining the
crypts. A histotrophic phase persists for two weeks with
gradual larval migration from the deeper lamina propria to
the submucosa. Luminal development through four molts
begins the third week postinfection with the posterior body
coming into view and the anterior end remaining buried in
the mucosa (Figure 19.10)53. The prepatent period is six to
seven weeks and the life span is four to five months54.

Pathologic Effects and Clinical Disease. Trichuris
infections cause enterocyte destruction, ulceration of the
intestinal mucosal lining, capillary erosion and blood loss,
mucosal edema, formation of fibrinonecrotic membranes,
anemia, hypoalbuminemia, and possibly secondary bacterial
infection. Thus, trichuriosis must be considered in the
differential diagnosis of swine dysentery complex that does
not respond to antibiotic therapy.
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Clinical signs include anorexia, mucoid to bloody
diarrhea, dehydration, and death. Swine less than six weeks
of age are more susceptible, though adult swine may show
clinical infection when stressed. Light infections persist,
allowing intermittent shedding of eggs. Infection of pigs
with T. suis was shown to induce suppression of mucosal
immunity to resident bacteria and is linked to the
pathogenesis of necrotic proliferative colitis55.

Diagnosis, Treatment, and Prevention. A presump-
tive diagnosis can be made based on clinical signs, including
bloody scouring. Confirmation is by finding eggs in the
feces and adult worms at necropsy. Trichurids are sporadic
egg shedders. Thus, little significance can be given to the
number of eggs per gram of feces. Infections may be elimi-
nated with dichlorvos or fenbendazole. Other commonly
used anthelmintics give variable results against whipworms2.
Infections can be prevented by frequently cleaning pens to
minimize parasite load in the environment. Research swine
should not be housed on soil.

Public Health Considerations. Controlled studies
suggest that humans are susceptible to infection with T.
suis52. Animal workers should practice excellent personal
hygiene when working with infected research swine.

ACANTHOCEPHALA

Macracanthorhynchus hirudinaceus is the thorny-headed
worm of swine. Infections are common in most swine-
raising regions of the world. Incidental hosts include
muskrats (Ondatra zibethicus), squirrels, and humans.
Adult male worms measure up to 10 cm in length and

Fig. 19.10 Trichuris worm. Note intracellular penetration. Repro-
duced from Batte, E.G., McLamb, R.D., Muse, K.E., Tally, S.D., and
Vestal, T.J. (1977) with permission.
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females measure up to 35 cm in length. Eggs measure 110 µ
long by 65 µ wide, are brown, and have a three-layered shell
(Figure 19.1). Adult worms are pale red in color and the
cuticle is transversely wrinkled. The proboscis is small and
bears six rows of hooks (Figure 19.11)11.

The life cycle is indirect, with dung beetles serving as
intermediate hosts. Larval beetles become infected by feed-
ing on embryonated worm eggs. Pigs become infected
through ingestion of infected larval or adult beetles56. In the
pig, worms develop to the adult stage in two to three
months. Adult worms attach to the ileal portion of the small
intestine and cause nodular lesions, which are sometimes
invaded by secondary organisms. Occasionally the gut wall
is perforated by the proboscis, and peritonitis results.

Diagnosis is by finding the characteristic eggs in fecal
flotation samples. Eliminating the parasite with
anthelmintics is difficult. For example, in one study,
doramectin eliminated only 62.1% of M. hirudinaceus57. In
a limited study, others have found the antidiarrheal drug
loperamid effective when administered orally at 1 to 1.5
mg/kg twice per day for three consecutive days58.

Infection can be prevented by housing research pigs
indoors or on concrete, and eliminating beetles. As noted
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above, humans are susceptible to infection with M. hiru-
dinaceus, though patent infections do not develop. Animal
workers should practice excellent personal hygiene when
working with infected research pigs.

ARTHROPODS

Class Insecta

Order Phthiraptera

Haematopinus suis
Haematopinus suis is the sucking louse of pigs. Infestations
are common globally. Adult H. suis lack eyes, the paratergal
plates are prominent, and there is one row of spines on each
abdominal segment (Figure 19.12)11. The tarsal claws are of
equal size. Lice are highly host-specific. Thus, infestations are
limited to swine. Mild infestations are generally of no conse-
quence, but heavy infestations can lead to severe anemia.

Lice can be eliminated with ivermectin or doramectin2.
Infestations can be prevented by purchasing research swine
from reputable dealers, and if necessary, treating swine at the
time of entry into the animal colony. Haematopinus suis does
not infect humans.

Fig. 19.11 Scanning electron micrograph of anterior end of adult
Macracanthorhynchus hirudinaceus.

Fig. 19.12 Scanning electron micrograph of dorsal view of adult
Haematopinus suis.
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TABLE 19.1 Parasites of swine—circulatory and lymphatic systems.

Geographic Method of Pathologic 
Parasite Distribution Hosts Location in Host Infection Effects Zoonosis Reference

Flagellates

Trypanosoma simiae East and Warthogs, other Blood, lymphoid Transmitted by Encephalitis, Not reported 59
Central Africa swine, other tissue in many tsetse fly myocarditis, 

mammals organs (Glossina) pneumonia, 
death

Trypanosoma suis Central Africa Warthogs, other Blood Transmitted by Systemic illness, Not reported 60
swine tsetse fly death

(Glossina)

Piroplasmids

Babesia perroncitoi Africa, Asia, Wild and Blood Transmitted Anemia, Not reported 61
Europe domestic swine by tick dependent 

edema, icterus
Babesia trautmanni Central Africa, Wild and Blood Transmitted Anemia, icterus, Not reported 62

Europe domestic swine by tick dependent 
edema

Trematodes

Schistosoma Asia Swine, dogs, rats, Mesenteric veins Skin penetration Phlebitis, Not reported 63
incognitum primates by cercariae granulomatous 

reactions
Schistosoma Asia Swine, other Hepatic portal Skin penetration Phlebitis, Common 64

japonicum mammals vessels by cercariae, granulomatous 
transplacental reactions
transmission

630

34442 Ch 19 617-640.qxd  3/28/07  1:32 PM  Page 630



TABLE 19.2 Parasites of swine—enterohepatic system.

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Flagellates

Chilomastix mesnili Worldwide Primates, swine Cecum, colon Ingestion of cyst None Common 1
Enteromonas suis India Swine Cecum Ingestion of cyst None Not reported 1
Giardia duodenalis Worldwide Mammals Small intestine Ingestion of cyst Mild enteritis Common 65
Tetratrichomonas buttreyi Europe, US Swine, cattle Cecum, colon Ingestion of trophozoite None Not reported 66
Trichomitus rotunda North America Swine Cecum, colon Ingestion of trophozoite None Not reported 1
Tritrichomonas suis Worldwide Swine, cattle Stomach, cecum, Ingestion of trophozoite None Not reported 67

small intestine

Amoebae

Entamoeba suis Worldwide Swine Cecum, colon Ingestion of cyst None Not reported 68
Iodamoeba butschlii Worldwide Swine, primates Cecum, colon Ingestion of cyst None Common 1

Coccidia

Eimeria spp. Worldwide Swine Large intestine Ingestion of sporulated None Not reported 1, 11
oocyst

Isospora almaataensis Eastern Europe Swine Unknown Unknown None Not reported 11
Isospora suis Worldwide Swine Small intestine Ingestion of sporulated Enteritis Not reported 69

oocyst in feces

Ciliates

Balantidium coli Worldwide Swine, primates, Large intestine Ingestion of cyst Secondary invader: Reported 70
dogs, rats enteritis

Trematodes

Brachylaemus suis Africa Swine Intestine Ingestion of second None Not reported 72
intermediate host 
(rabbits, rodents, 
pigeons)

Clonorchis sinensis Asia Swine, cats, dogs, Liver, gallbladder, Ingestion of second Cholangitis, hepatic Reported 11
primates, other bile duct, intermediate host cirrhosis
mammals pancreatic duct, (fishes)

small intestine
Dicrocoelium Worldwide Livestock, swine, Liver Ingestion of second Hepatic cirrhosis, bile Reported 11

dendriticum dogs, lagomorphs, intermediate host (ants) duct distension
humans

Echinochasmus Asia, Europe Swine, dogs, cats, Intestine Ingestion of second Enteritis Reported 11
perfoliatus foxes intermediate host (fishes)

Eurytrema pancreaticum Asia, Eastern Swine, ruminants, Pancreas, bile duct, Ingestion of second Pancreatitis Reported 73
Europe, humans duodenum intermediate host 
South America (grasshoppers, crickets)

(Continued )
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TABLE 19.2 (Continued )

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Fasciola hepatica Worldwide Ruminants, swine, Hepatic bile ducts Ingestion of metacercaria Hepatitis Reported 74
other mammals on herbage

Fasciolopsis buski Asia, US Swine, humans Small intestine Ingestion of metacercaria Enteritis Common 75
on tubers

Gastrodiscus aegyptiacus Africa, India Equids, swine Intestines Ingestion of metacercaria Unknown Not reported 76
on herbage

Gastrodiscoides hominis Africa, Asia, Swine, humans Cecum, colon Ingestion of metacercaria Enteritis caused by Common 77
Australia on herbage juvenile flukes

Metagonimus yokogawai Asia, Balkans Swine, dogs, cats, Small intestine Ingestion of second Mild enteritis Reported 78
humans, pelicans intermediate host 

(fishes)
Opisthorchis tenuicollis Asia, Europe Swine, cats, dogs, Hepatic bile ducts, Ingestion of second Cholangitis, hepatic Reported 11

foxes, cetaceans intestine, intermediate host cirrhosis
pancreas fishes)

Postharmostomum suis Tunisia Swine Small intestine Ingestion of intermediate Mild anemia Not reported 11
host (snails)

Cestodes

Larval

Echinococcus granulosus Worldwide Sheep, swine, Liver Ingestion of egg in feces Hydatid cyst Common 79
primates, other of definitive host (dogs)
mammals

Adult

Diphyllobothrium latum Eastern Europe, Swine, dogs, cats, Small intestine Ingestion of second None Reported 11
North and polar bears, other intermediate host 
South America fish-eating (fishes)

mammals

Nematodes

Rhabditoidea

Strongyloides ransomi Worldwide Swine Small intestine Ingestion, skin penetration, Enteritis Not reported 4
transmammary, 
transplacental 
transmission

Ascaridoidea

Ascaris suum Worldwide Swine Small intestine Ingestion of Enteritis, focal Reported 80
embryonated egg hepatitis, pneumonia

Strongyloidea
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Ancylostoma duodenale Africa, Asia, Humans, wild Small intestine Ingestion, skin penetration Enteritis, anemia, Common 11
Europe carnivores, swine of infective larvae cutaneous larva 

migrans
Bourgelatia diducta Asia Swine Cecum, colon Ingestion of Unknown Not reported 11

embryonated eggs
Globocephalus spp. Worldwide Swine Small intestine Ingestion, skin penetration Enteritis, anemia Not reported 81
Necator americanus Africa, Americas, Humans, swine, Small intestine Ingestion, skin penetration Enteritis, anemia Common 11

Asia dogs of infective larvae
Oesophagostomum Americas, Asia Swine Cecum, colon Ingestion of infective Enteritis, intestinal Reported 11

brevicaudum larvae or paratenic nodules
hosts (rodents)

Oesophagostomum Asia, Americas, Swine Cecum, colon Ingestion of infective Enteritis, intestinal Reported 17
dentatum Europe larvae or paratenic nodules

hosts (rodents)
Oesophagostomum Americas, Asia, Swine Cecum, colon Ingestion of infective Enteritis Reported 11

quadrispinulatum Europe larvae or paratenic 
hosts (rodents)

Oesophagostomum spp. Worldwide Swine Cecum, colon Ingestion of infective Enteritis, intestinal Reported 11
larvae or paratenic nodules
hosts (rodents)

Trichostrongyloidea

Hyostrongylus rubidus Worldwide Swine Stomach Ingestion of infective Gastritis, anemia Not reported 28, 30
larvae

Mecistocirrus digitatus Central America Ruminants, swine Stomach Ingestion of infective Unknown Reported 82, 83
larvae

Ollulanus tricuspis Americas, Australia, Cats, other  Stomach Ingestion of larva passed Catarrhal gastritis Not reported 11
Europe, carnivores, by emesis
northern Africa swine

Trichostrongylus axei Worldwide Ruminants, swine, Stomach Ingestion of infective None Reported 11
equids larvae

Trichostrongylus Worldwide Ruminants, rabbits, Small intestine Ingestion of infective None Reported 84
colubriformis dogs, swine larvae

Spiruroidea

Ascarops strongylina Worldwide Swine, rodents, Stomach Ingestion of intermediate Gastritis Not reported 85
camels host (coprophagus 

beetles)
Gnathostoma doloresi Asia Swine Stomach Ingestion of intermediate Hepatitis, gastritis Not reported 86

host (copepod)
Gnathostoma hispidum Asia, Europe Swine, other Stomach Ingestion of intermediate Hepatitis, gastritis Reported 87

mammals, snakes host (copepod)
Gongylonema pulchrum Worldwide Swine, other Tongue, esophagus Ingestion of intermediate Mild glossitis, Reported 88

mammals host (coprophagus esophagitis
beetles)
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TABLE 19.2 (Continued )

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Physocephalus sexalatus Worldwide Swine, lagomorphs, Stomach Ingestion of intermediate Gastritis Not reported 11
other mammals host (coprophagus 

beetles)
Simondsia paradoxa Asia, Australia, Swine Stomach Unknown Gastric nodules, Not reported 89

Europe gastritis

Trichuroidea

Trichuris suis Worldwide Swine Cecum, colon Ingestion of Anemia, enteritis Not reported 11
embryonated egg

Acanthocephala

Macracanthorhynchus Worldwide Swine, muskrats, Small intestine Ingestion of intermediate Intestinal nodules Reported 56
hirudinaceus squirrels host (coprophagus 

beetles)

Arthropods

Diptera (flies)

Larval

Gastrophilus spp. Worldwide Swine, other Tongue, mouth, Ingestion, skin penetration Gastritis, localized Reported 11
mammals stomach, rectum of larvae inflammation
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TABLE 19.3 Parasites of swine—skin and connective tissue and musculoskeletal system.

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Coccidia

Sarcocystis miescheriana Worldwide Swine Hepatic venules, Ingestion of sporulated Abortion, myositis, Not reported 1, 90
myocardium sporocysts in feces of dyspnea, purpura 

definitive host (canid) of the skin
Sarcocystis porcifelis Worldwide Swine Muscle Ingestion of sporulated Myositis, lameness, Not reported 1, 90

sporocysts in feces of diarrhea
definitive host (cat)

Sarcocystis porcihominis Worldwide Swine Muscle Ingestion of sporulated Usually none Common 1, 90
sporocysts in feces of 
definitive host (human)

Cestodes

Larval

Taenia hydatigena Worldwide Ruminants, Abdominal cavity, Ingestion of eggs in feces Cysticercus Not reported 11
swine liver of definitive host (canids)

Taenia solium Worldwide Swine, dogs, Heart, muscle, Ingestion of embryonated Myocarditis Common 11
primates subcutis, brain eggs passed by definitive 

host (man)

Nematodes

Filaroidea

Setaria congolensis Africa Swine Peritoneal cavity Bite of intermediate host None Not reported 11
(arthropod)

Suifilaria suis Africa Swine Subcutaneous and Unknown Skin nodules Not reported 11
muscle tissue

Trichuroidea

Trichinella spiralis Worldwide Swine, bears, Muscle, small Ingestion of encysted Myositis, enteritis Common 91
rats, other intestine larvae in muscle tissue
mammals

Arthropods

Phthiraptera (lice)

Haematomyzus hopkinsi Africa Warthogs Skin Direct contact Unknown Not reported 93
Haematopinus suis Worldwide Swine Skin Direct contact Anemia Not reported 92

(Continued )

635

3
4
4
4
2
 C
h
 1
9
 6
1
7
-
6
4
0
.
q
x
d
  3

/
2
8
/
0
7
  1

:
3
2
 P
M
  P

a
g
e
 6
3
5



TABLE 19.3 (Continued )

Siphonaptera (fleas)

Geographic 
Parasite Distribution Hosts Location in Host Method of Infection Pathologic Effects Zoonosis Reference

Pulex irritans Worldwide Humans, swine, Skin Direct contact Dermatitis Common 11
goats, badgers, 
dogs, cats, rats

Tunga spp. Worldwide Swine, primates Skin Direct contact Agalactia Common 94, 95, 96

Ticks (soft)

Ornithodorus moubata Africa Swine, Skin Direct contact Vector of viral Reported, vector 97
porcupines, and rickettsial of pathogenic 
humans pathogens spirochetes

Mites

Astigmates

Sarcoptes scabiei var suis Worldwide Swine, other Skin Direct contact Papular dermatitis, Common 98
mammals self-inflicted 

trauma, skin 
thickening, 
emaciation, death

Prostigmates

Demodex phylloides Worldwide Swine Hair follicles Direct contact Dermatitis Not reported 11
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TABLE 19.4 Parasites of swine—central nervous, respiratory, and urogenital systems.

Geographic Location Method of Pathologic 
Parasite Distribution Hosts in Host Infection Effects Zoonosis Reference

Trematodes

Paragonimus North America Dogs, cats,  Lung Ingestion of Focal Reported 99
kellicotti swine, wild  crustacean emphysema,

carnivores, intermediate lung cysts
domestic host (crab, 
animals crayfish)

Paragonimus Asia Dogs, swine, Lung, other Ingestion of Focal Reported 11
westermanii wild organs crustacean emphysema, 

carnivores,  intermediate lung cysts
domestic  host (crab, 
animals, crayfish)
primates

Nematodes

Strongyloidea

Stephanurus Worldwide Swine, cattle, Kidney,  Ingestion of Dermal nodules, Not reported 27, 28
dentatus donkeys ureter, infective larvae lymphadenopathy, 

other or paratenic hepatitis, hepatic 
organs host (earthworm), cirrhosis, renal cysts, 

skin penetration, thickened and 
transplacental occluded ureters
transmission

Metastrongyloidea

Metastrongylus Worldwide Swine Lung Ingestion of Bronchitis, Not reported 11, 100
spp. intermediate host pneumonia

(earthworm)

Spiruroidea

Thelazia ershowi Eastern Europe Swine Conjunctival Transmitted by Unknown Not reported 11
sac intermediate host 

(fly)

Dioctophymatoidea

Dioctophyma Worldwide Dogs, swine, Kidney Ingestion of Destruction of Reported 11
renale other intermediate kidney 

mammals host (annelid) or parenchyma
paratenic host 
(fish, frog)
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INTRODUCTION

Sheep and goats are often used as laboratory animals. They
have a number of parasites that they may bring with them
to the laboratory. The way in which the animals are kept in
the laboratory environment will to a large extent determine
which parasites they encounter. Loosely housed animals are
more likely to become infected with parasites, compared to
those confined in individual stanchions. Housing in a dry-
lot does not preclude parasite acquisition. Vegetation at the
edges of the pens may harbor infective nematode larvae.
Excessive moisture from water troughs and lack of adequate
drainage provide optimal conditions for protozoan devel-
opment. Overcrowding, common to animal maintenance
in a dry-lot, exacerbates ectoparasite infestation.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (flagellates)

Hemoflagellates
Salivarian trypanosomes. Morphology. Salivarian try-
panosomes include Trypanosoma brucei, T. congolense, T.
evansi, and T. vivax. Trypanosoma brucei has two
morphologically distinguishable forms, the long, slender
form (20 µ to 40 µ long) and the stumpy form (15 µ to 25 µ
long). The free flagellum is long and the kinetoplast is

subterminal in the slender form, while the free flagellum is
short and the kinetoplast terminal in the stumpy form.
Trypanosoma evansi appears as a long slender form (15 to 33
µ long) with a free flagellum identical to that of T. brucei.
Trypanosoma congolense is small (12 µ to 18 µ long) with an
inconspicuous undulating membrane and a marginal
kinetoplast. Trypanosoma vivax is 20 µ to 30 µ long with a
rounded posterior and a large kinetoplast. The undulating
membrane is inconspicuous and the parasite is extremely
active.

Hosts. Except for T. evansi, salivarian trypanosomes
are transmitted to sheep, goats and other mammals by the
tsetse fly (Glossina spp.) in Central Africa. The prevalence
of infection by salivarian trypanosomes in small ruminants
is low but may be significant at times. The range of T.
vivax has extended to South America as well as outside of
the tsetse belt in Africa. Trypanosoma evansi is found in
northern Africa, southern Asia, and South America, where
it infects horses and ruminants.

Life Cycle. Trypomastigotes circulating in the blood
are ingested by tsetse flies. They multiply in the gut of the
fly, then move to the salivary glands where they become
epimastigotes. Approximately three weeks post exposure
some of the organisms become metacyclic trypomasti-
gotes, the infective stage to the vertebrate host. The meta-
cyclic trypomastigotes are injected into the host. The
parasite reproduces by binary fission at the injection site,
then moves into the blood stream, where there are repro-
ducing slender trypomastigotes and the stumpy forms that
are infective to tsetse flies.Tables are placed at the ends of chapters.
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T. vivax is also transmitted mechanically, as well as by
the tsetse fly. The trypomastigotes of Trypanosoma evansi
are mechanically transmitted from an infected host by
horse flies, stable flies and other biting arthropods, as well
as vampire bats1.

Pathologic Effects. An area of swelling, the “chan-
cre,” occurs where the parasites are introduced into the
body. The chancre contains the metacyclic trypomasti-
gotes. Lymph node enlargement, splenomegaly, and
hypergammaglobulinemia, along with increased suscepti-
bility to other diseases, are signs of the subversion of the
immune system by the proliferation of trypomastigotes.
Anemia and inflammation of the tissues, including
myocarditis, lead to wasting and weakness2.

Clinical Disease. Sheep and goats are susceptible to
Nagana, the disease caused by these parasites. Depending on
the subspecies of T. brucei, small ruminants may be infected
without showing clinical signs or suffer from chronic disease
characterized by fever, anemia photophobia, and enlarged
lymph nodes3. Fever, anemia and wasting are the common
signs associated with T. congolense. Trypanosoma vivax infec-
tions may have central nervous signs as well as anemia and
wasting. The disease may be acute or chronic, depending
upon the strain of parasite encountered4. Although sheep
and goats that are infected with T. evansi are not considered
at risk for disease, they may serve as reservoirs5,6. Dwarf
African breeds of sheep and goats possess varying degrees of
trypanotolerance7,8 and are able to survive in the tsetse belt
when other breeds succumb to disease.

Diagnosis. Rarely, trypomastigotes may be found on
thin blood films. However, examination of thick blood
films or the buffy coat recovered from a microhematocrit
tube enhances the probability of finding organisms
because the parasites are concentrated with these tech-
niques9. Trypanosoma vivax may be recovered from lymph
nodes, and, along with the other salivarian trypanosomes,
may be found in spinal fluid.

Treatment and Prevention. Treatment guidelines for
infected ruminants are available from the World Health
Organization. Animals arriving from endemic areas should
be tested and treated or culled prior to entering the colony
herd.

Public Health Considerations. Two subspecies of 
T. brucei cause sleeping sickness in humans but require
tsetse transmission or blood inoculation for transmission.

Stercorarian trypanosomes. Morphology. Stercorarian
trypanosomes include Trypanosoma melophagium and 
T. theodori. The trypomastigote of T. melophagium is curved,
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approximately 50 µ long, and has a sharply pointed 
posterior and a short flagellum. The large, rod-shaped
kinetoplast lies near the nucleus. Trypanosoma theodori is
morphologically similar.

Hosts. Trypanosoma melophagium occurs in the blood
of sheep in temperate areas of the world. Sheep and the
sheep ked Melophagus ovinus are the only apparent hosts.
Trypanosoma theodori occurs in the goat. The vector of 
T. theodori is the hippoboscid Lipotena caprina.

Life Cycle. The epimastigote stage reproduces by
binary fission in the hindgut of the ked. Some of the organ-
isms become trypomastigotes. Sheep become infected by
ingesting the infected ked, with penetration of the oral
mucous membranes by metacyclic trypomastigotes. The
parasite apparently reproduces by binary fission in the
sheep, but the parasitemia is so low it is usually not
detected. The life cycle of T. theodori is apparently the same.

Pathologic Effects and Clinical Disease. No delete-
rious effects are reported in infections of sheep by 
T. melophagium. Likewise, T. theodori does not cause 
disease in goats10.

Diagnosis. Diagnosis is by culture of blood at 22°C
to 28°C to induce the development of epimastigotes simi-
lar to those in the ked11. The culture used is a biphasic
blood agar medium. If T. melophagium is similar to the
nonpathogenic cattle T. theileri, it can also grow in a cell
culture medium at 37°C.

Treatment and Prevention. Treatment is not consid-
ered to be necessary. Controlling keds prevents infection.

Public Health Considerations. These parasites are
not infective to humans.

Enteric flagellates
Chilomastix caprae. Chilomastix caprae has been reported
from the rumen of a goat. It is thought to be the same
organism as C. bettencourti, an organism found in the
cecum of rodents. The organism appears to be a harmless
commensal but the speciation and possible importance are
unresolved12.

Giardia duodenalis. Morphology. Giardia duodenalis
(Syn, Giardia intestinalis, G. lamblia) trophozoites bear
eight flagella and a large, adhesive disk; are binucleated;
and measure 13 µ by 7 µ long. The cyst is ellipsoidal, mea-
sures 10 µ by 8 µ long, and contains four nuclei following
binary fission. The flagella, median body, and axostyle may
be seen when the cyst is stained.

Hosts. The host specificity of G. duodenalis is unre-
solved. It is likely that most mammalian species, including
humans, are susceptible, even if there are specific strains or
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species of the organism. Giardia is a common parasite of
small ruminants in some geographic localities.

Life Cycle. Trophozoites attach to enterocytes that
line the host’s duodenum. Some trophozoites encyst and
binary fission occurs, forming two daughter trophozoites
within. The cyst is the environmentally resistant stage and
is ingested by the next host in contaminated food or water.

Pathologic Effects and Clinical Disease. The pres-
ence of the parasite adhered to the microvillus border of
enterocytes prevents the upper intestine from absorbing
nutrients, primarily fats and fat-soluble vitamins. This
leads to fermentation in the bowel, resulting in steatorrhea
and diarrhea. Giardia duodenalis may cause diarrhea in
goat kids and decrease production in lambs13,14.

Diagnosis, Treatment, and Prevention. Diagnosis is
by observing trophozoites in fresh feces or recovering cysts,
preferably by flotation in zinc sulfate solution (specific
gravity 1.18). Immune assay for coproantigens or poly-
merase chain reaction (PCR) techniques can detect low
numbers of organisms in feces.

Because clinical signs are lacking in most small rumi-
nants it is doubtful that treatment is warranted. However,
metronidazole or one of the benzimidazoles (albendazole
or fenbendazole) may be effective in treating these hosts.
The cysts of Giardia are resistant to many disinfectants.

High levels of hypochlorite solutions or quaternary
ammonia compounds may kill cysts, but steaming or flam-
ing quarters that were previously occupied by infected ani-
mals may be the best approach. Filtering contaminated
water supplies removes cysts.

Public Health Considerations. Humans may share
the organism with sheep and goats and therefore animal
workers may be at risk from exposure to cysts.

Tetratrichomonas ovis. Tetratrichomonas ovis is a com-
mon inhabitant of the rumen of sheep. There are four
anterior flagella with an undulating membrane, axostyle,
and trailing flagellum. Tetratrichomonas ovis is considered
non-pathogenic15.

Class Sarcodina (amoebae)

Balamuthia mandrillaris
A naturally infected sheep was identified with an amoeba
in its brain that cross-reacted serologically with the
amoeba, B. mandrillaris, found in the brain of a mandrill.
The lesions were those of an inflammatory infiltration near
the olfactory tract. The sheep had dermal lesions of the
poll and was pregnant at the time of infection, which may
have increased its susceptibility to disease16. The organism
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is associated with human deaths previously thought to
have been due to Acanthamoeba spp.17.

Phylum Apicomplexa

Class Coccidia

Besnoitia caprae
Morphology, Hosts, and Life Cycle. Besnoitia caprae
produces large cysts measuring 0.5 mm in diameter. Wild
and domestic cats are the definitive hosts of Besnoitia spp.
Besnoitia caprae infects goats but not sheep18. The taxon-
omy of the Besnoitia in goats is uncertain, as are details of
the life cycle. It is likely that ruminants are infected when
they ingest sporulated oocysts from cat feces. Blood-feeding
flies may also serve as mechanical vectors. Cats are infected
when they ingest tissues of intermediate hosts that contain
bradyzoite cysts.

Pathologic Effects and Clinical Disease. Cysts are
found in the skin and other tissues of the intermediate
host18. Hyperkeratosis was seen in the skin of naturally
infected goats19. Others have reported finding cysts in the
conjunctiva, or thickening of the skin of the scrotum and
legs in infected goats18,19.

Diagnosis, Treatment, and Prevention. Histological
examination of lesions reveals large cysts in the skin and
other tissues. There is no satisfactory treatment of the
infection. Absolute recommendations cannot be made
until the complete life cycle is elucidated. Preventing ani-
mal waste from contaminating feed and controlling biting
flies may aid prevention efforts. A live vaccine against 
B. besnoiti reduces clinical disease but does not prevent
infection20.

Public Health Considerations. Besnoitia is not
infectious to humans.

Cryptosporidium parvum
Morphology, Hosts, and Life Cycle. The morphology
and life cycle of Cryptosporidium is discussed in Chapter 15,
Parasites of Rabbits. Cryptosporidium parvum inhabits the
microvillous border of enterocytes and other epithelial cells
in a variety of mammalian hosts, including sheep and goats.

Pathologic Effects and Clinical Disease. Host ente-
rocytes are not disrupted as with other coccidia, but they
appear to be functionally impaired. The villi are stunted
and fused and may not produce membrane-bound
enzymes. Infected young kids and lambs may develop
signs of diarrhea21,22. The age of the neonate at the time of
exposure largely determines the course of disease; younger
animals are more adversely affected.
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Cryptosporidium can cause major problems in a labo-
ratory colony. Most disinfectants are ineffective, and the
ability of the sporulated oocyst to infect immediately upon
being passed from the host, combined with autoinfection,
lead to easy spread within the laboratory environment.
Signs will dissipate in a few days to two weeks in hosts with
fully functional immune systems23, but may continue
indefinitely in immune-compromised hosts.

Diagnosis. Diagnosis is by observation of the oocysts
by acid fast or immunofluorescence staining of fecal smears,
or by concentration of oocysts by centrifugal sugar flotation
techniques. Antigen detection indicates infection in a high
percentage of diarrheic stools24. Previously infected individ-
uals have specific antibody levels to the organisms. Finding
organisms is not proof of disease, and in some situations
nearly the entire population will be infected from time to
time and yet not show signs of disease. Large numbers of
organisms and clinical signs are indicative of disease.

Treatment. There is no specific treatment available for
food-producing animals. Palliative treatment, including
maintaining hydration and preventing hypothermia, is 
sufficient in most cases, providing that a functional immune
system is present.
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Prevention. Sanitation by steam or flame treatment is
usually necessary to kill oocysts. Vacating the premises for
a week to several months, depending on the environment,
allows oocysts to desiccate. Ammonia or formol saline are
active against the oocysts.

Public Health Considerations. The parasite causes
diarrhea in humans and other mammals. The organism
shows a great diversity in the genetic makeup of various
populations, often leading to confusion as to whether or not
it is a single species that infects a wide range of hosts, or if a
number of related but distinct species cause similar disease
in their hosts25. Regardless, animal workers should practice
excellent personal hygiene and wear personal protective
equipment when working with infected sheep or goats.

Eimeria spp.
Morphology. Sheep and goats are susceptible to several
Eimeria spp. (Figures 20.1 and 20.2), including E. alijevi,
E. ahsata, E. arlongi, E. caprina, E. capriovina, E. crandallis,
E. christenseni, E. faurai, E. hirici, E. intracata, E.
ninakohlyakimovae, E. ovina, E. ovinoidalis, and E. parva.
The morphology of Eimeria is discussed in Chapter 15,
Parasites of Rabbits.

Fig. 20.1 Unsporulated Eimeria oocysts of goats. (1) Eimeria christenseni, (2) E. arlongi, (3) E. alijevi, (4) E. hirici, (5) E. ninakohlyakimovae, and
(6) E. caprina. Courtesy of Catherine G. Wade.
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of diarrhea, with production of mucus and/or blood in the
feces, rough hair coat, weakness, chronic “poor-doers,”
and death. There is a higher prevalence and intensity of
infection in young than in adults33,34. While diarrhea is a
common sign, other causes of diarrhea should be consid-
ered. Fortunately, small ruminants develop immunity to
disease caused by Eimeria but the immunity is not sterile
and immune hosts pass oocysts. Very young lambs are
resistant to infection and then have increased susceptibility
after the first month35,36. Lambs exposed to oocysts during
the early resistant phase are resistant to re-infection37.

Diagnosis. The diagnosis of coccidiosis is by observa-
tion of clinical signs such as diarrhea with or without
blood, excessive mucus in the stool, and large numbers of
oocysts in the stool identified by fecal flotation techniques.
Finding oocysts in the feces by flotation methods is the
usual method of determining if infection is present. Most
coccidial oocysts float in a medium with a specific gravity
of 1.17 or greater. A few species require a higher specific
gravity (sp. gr. 1.26), and centrifugal sugar flotation may
be the most efficient means of detecting oocysts. However,
unless there is are more than several thousand oocysts per
gram of feces, the presence of oocysts is unlikely to be diag-
nostic for coccidiosis. Lambs or kids may suffer from dis-
ease during the prepatent period and have signs of disease

Fig. 20.2 Unsporulated Eimeria oocysts of sheep. (1) Eimeria intricata, (2) E. parva, (3) E. ovina, (4) E. ovinoidalis, (5) E. ahsata, (6) E. faurai, (7)
E. crandalis. Courtesy of Catherine G. Wade.

Hosts and Life Cycle. Eimeria are host-specific and
they inhabit distinct regional niches within the gastroin-
testinal tract of the host. The species of Eimeria found in
small ruminants are specific to the host. That is, goat coc-
cidia do not occur in sheep and vice versa, with the excep-
tion of E. caprovina26–28. The life cycle of Eimeria spp. is
discussed in Chapter 15, Parasites of Rabbits.

Pathologic Effects. Most species of coccidia are non-
pathogenic; therefore, large numbers of oocysts may be
passed in the feces of asymptomatic hosts. Coccidiosis is
seldom associated with a single Eimeria species. Animals
concurrently infected with both small- and large-intestinal
Eimeria spp. are more adversely affected than those with
two species in the same organ29. Highly pathogenic species
include E. crandallis and E. ovoidalis in sheep30,31, and 
E. ninakohlyakimovae and E. arlongi in goats32. However,
most of the reports of coccidiosis in small ruminants do
not indicate which species are involved and it seems
reasonable that almost any species of Eimeria can cause
disease under crowded, unsanitary conditions.

Clinical Disease. Coccidiosis caused by Eimeria spp.
is a common disease of sheep and goats in confinement
systems. Infection with Eimeria is nearly universal in sheep
and goats, whereas clinical coccidiosis is a disease of
stressed or naïve animals. The signs of coccidiosis are those
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with low oocyst counts. However, this situation will not
last for long because most clinical cases have large numbers
of oocysts passed38.

Identifying species of coccidia may be aided by exam-
ining sporulated oocysts. Sporulation requires one to two
days. Oocysts should be separated from fecal material by
flotation after straining through a sieve to remove large
particulate matter. The oocysts are then placed in a petri
dish—for adequate oxygenation—in a solution of tap
water with 2% potassium dichloride or 2% sulfuric acid
added to limit bacterial or fungal proliferation. The identi-
fication of sporulated oocysts is aided by consulting
texts27,39,40.

Treatment. Coccidiostats inhibit the development of
coccidia within the host’s gut. When these drugs are used
prophylactically, they prevent disease. However, most of
the coccidia have developed beyond the point where the
coccidiostat is likely to exert its influence when an animal
is already showing clinical signs of disease, and therefore a
clinical response does not occur. If there is a clinical
response, it is largely because immunity has developed. It
appears desirable for a few parasites to develop in the host
while on coccidiostats38. This allows protective immunity
to develop while the host is protected against disease.
However, this approach also selects for parasites that are
resistant to the drug41. Therefore, specific coccidiostats
may lose their effectiveness and it may become necessary to
periodically evaluate drugs at the flock level.

One practice that leads to drug resistance and/or sus-
ceptible hosts is the use of coccidiostats year ’round. When
the number of oocysts to which the animals are exposed
becomes very low, it may fall below the threshold exposure
necessary to stimulate a protective response. Then the host
population is at risk when the coccidia become resistant to
the coccidiostat. A better approach is to use coccidiostats
at times of risk (i.e. parturition, inclement weather, ship-
ping, weaning), and then allow resistance to protect the
animal from disease.

Even with the best treatment, once an animal has
developed signs of coccidiosis, there are likely to be some
permanent effects on its continued growth, resulting in
runty, “poor-doing” kids or lambs. Reducing exposure by
spreading out animals lowers the magnitude of infection42.
Keeping the environment clean, dry, and uncrowded
reduces stress and the level of exposure; however, chemicals
are the basis of coccidia control.

Prevention. Coccidiosis is a disease brought on by
poor management and other sources of stress. Contaminated
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feed, water, or bedding provides heavy exposure, and there
are direct relationships between the level of exposure
acquired immunity, and the onset of disease.

Public Health Considerations. Eimeria do not
infect humans.

Neospora caninum
Morphology, Hosts, and Life Cycle. The morphology
and life cycle of Neospora caninum are discussed in Chapter
17, Parasites of Dogs. Canids serve as definitive hosts, and
may also serve as intermediate hosts of N. caninum. Cattle
are commonly infected with the organism. Sheep and
goats have been naturally and experimentally infected. Fol-
lowing ingestion of sporulated oocysts, bradyzoite cysts
form in the central nervous system. Transmission to canids
is by the ingestion of tissues or placenta. Vertical transmis-
sion between intermediate hosts is an important means of
sustaining the infection. This transmission can go from
generation to generation without any apparent clinical
signs.

Pathologic Effects and Clinical Disease. The most
important outcomes of neosporosis are abortion and
neonatal death. Aborted lambs or kids have myositis and
cysts in the brain43,44. Animals that survive the infection
become asymptomatic carriers.

Diagnosis, Treatment, and Prevention. Histological
findings of the thick-walled cyst, which are distinct from
the cysts of T. gondii, or the immunohistological identifi-
cation of tachyzoites in the tissues of the aborted fetus are
diagnostic45. The presence of antibody indicates infection,
but does not prove that abortion was due to N. caninum.
While clindamycin has been used in dogs infected with the
tissue phase of the organism, it is doubtful that any drug
will benefit ruminants. Avoiding the contamination of
feed with fecal material from canids prevents horizontal
transmission. A vaccine has been evaluated in sheep46 and
has shown partial protection against abortion, but infec-
tion of lambs still occurred.

Public Health Considerations. Humans are not 
susceptible to infection with N. caninum.

Sarcocystis spp.
Morphology. Sheep and goats are susceptible to infection
with several species of Sarcocystis, including S. ariet-
icanis, S. capracanis, S. gigantea, S. hircicanis, S. medusi-
formis, S. moulei, and S. tenella. Cysts in the musculature
of sheep (S. tenella, S. arieticanis, S. gigantea, and 
S. medusi- formis) or goats (S. capracanis, S. hircicanis, and
S. moulei) vary in size and shape. The size and shape of the
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cyst, including the cyst wall, is diagnostic for the various
species. Canids and felids are the definitive hosts for spe-
cific Sarcocystis species, and sporulated sporocysts, each
containing four sporozoites, are found in their feces. The
oocyst wall is a thin membrane and may still be intact, or
the sporocysts may be separate.

Hosts and Life Cycle. All Sarcocystis infections involve
predator-prey relationships. Canids are the definitive 
hosts of S. tenella, S. arieticanis, S. capricanis, and 
S. hircicanis, and felids are the definitive hosts of S. gigantea,
S. medusiformis, and S. moulei47. The general life cycle of
Sarcocystis that infect sheep and goats is similar to that
described for rodents in Chapter 11, Parasites of Rats and
Mice.

Pathologic Effects and Clinical Disease. Sarcocystis
pathogenicity depends on parasite species, dose, and the
age of the infected intermediate host. Anorexia, weight
loss, anemia, depressed wool production, hind limb ataxia
or paresis, myositis, and abortion have all been observed
with S. tenella in sheep. Abortion is accompanied by focal
placental necrosis and fetal brain lesions48. Non-suppurative
encephalomyelitis has been seen in natural disease out-
breaks49. On many farms, most animals become infected
by one year of age and show no clinical signs.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on necropsy findings. Cysts and meronts can be
identified in tissue by immunochemistry. Positive serology
only indicates exposure; it does not demonstrate etiology.
No treatment is likely to be of value in infected sheep or
goats. Preventing carnivores from consuming carcasses of
sheep or goats lowers the numbers of sporocysts in the
environment. Amprolium has been used experimentally to
reduce the severity of disease in lambs50.

Public Health Considerations. The Sarcocystis
species in sheep and goats are not infective to humans.

Toxoplasma gondii
Morphology and Life Cycle. The morphology and life
cycle of Toxoplasma gondii are discussed in Chapter 18,
Parasites of Cats.

Hosts. Felids are the only definitive hosts for T. gondii.
The tissue forms of the organism can infect avian and
mammalian species, including sheep and goats.

Pathologic Effects and Clinical Disease. Abortion
and neonatal death are the most important effects of 
T. gondii on sheep and goats. The lamb or kid may die in
the uterus, be stillborn, or succumb within a few days of
birth. Young animals that survive it have apparently normal
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lives as chronic carriers of tissue cysts. There is necrosis of
the placental cotyledons with white nodules visible on gross
examination. Nodules may be seen in the liver and brain of
the fetus. Goats are highly sensitive to clinical toxoplasmo-
sis with as few as 1,000 oocysts causing death51. In adult
goats, organisms are found in muscle and the liver, kidney,
brain, and placenta. If ewes are infected early in gestation
the fetus is likely to be absorbed. During the later stages the
fetus dies in the uterus or soon after birth. A significant
number of asymptomatic lambs are born with the infec-
tion52. Adult sheep rarely show clinical signs of disease.

Diagnosis. A diagnosis of toxoplasmosis may be
suggested by a history of animals having a primary exposure
to Toxoplasma during pregnancy, or the finding of white
foci on the cotyledons or tissues of aborted fetuses. Serology
indicates exposure to the parasite and elevated IgM or rising
IgG titers suggest Toxoplasma abortion. Serologic activity
by the fetus indicates the organism crossed the placenta,
because maternal antibody does not cross the ruminant
placenta. Observation of the organisms in tissues confirms
infection. Mouse inoculation using greater quantities of
tissue than visualized by histology is a more sensitive test.

Treatment. There is little reason to treat sheep or
goats with normal functioning immune systems because
they will become chronically infected but not have clinical
disease, and are resistant to new infection. However, in
animals recently exposed for the first time, treatment for
three days with a combination of sulfamezathine and
pyrimethamine was successful in increasing the number of
viable lambs produced compared to untreated ewes53.

Prevention. A live incomplete tachyzoite vaccine pro-
tects against challenge for 18 months54. Abortion is rare in
ewes that have previously aborted due to toxoplasmosis, so
infection of ewes before breeding may actually prevent dis-
ease. Adding replacement ewes to the flock before breeding
on properties where toxoplasmosis has been diagnosed
may expose the replacements to oocysts before they
become pregnant. Sanitary procedures that prevent the
contamination of feed by cat feces or bodies of infected
rodents reduces the risk of infection.

Public Health Considerations. Toxoplasmosis is a
serious disease in immune-compromised humans or in
cases of congenital transmission. Handling placentas of
infected does or ewes without gloves, or ingesting under-
cooked tissues or milk are the primary sources of infection
to humans. Therefore, animal workers should practice
excellent hygiene when handling placentas known or
suspected to contain T. gondii.
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Class Piroplasmida

Babesia spp.
Morphology. Sheep and goats are susceptible to infection
with Babesia capreoli, B. motasi, and B. ovis. Babesias are obli-
gate red blood cell parasites, and are classified as large or
small, depending on the size of the intraerythrocytic piro-
plasms. In sheep and goats, B. motasi (2.5 µ to 4 µ long by 2 µ
wide) is the large species. When paired, the large pear-shaped
organisms lie at an acute angle. The small B. ovis piroplasms,
which measure 1 µ to 2.5 µ long, are at an obtuse angle55.

Hosts. Babesia of sheep and goats are cross-infective.
Babesia capreoli normally infects deer, but can infect sheep.
Ticks serve as definitive hosts. Rhipicephalus bursa is a vector
of both B. motasi and B. ovis, and Haemaphysalis punctata
transmits B. ovis in northern Europe56. Ixodes ricinus is the
vector of B. capreoli in sheep and deer in Great Britain57.

Life Cycle. Piroplasms reproduce by binary fission
within erythrocytes. Gametogony and fertilization occur
in the tick gut. Several generations of asexual reproduction
then occur in the tick haemocoel. Transovarian and
transstadial transmission occur. The organisms invade the
salivary glands of ticks, where they undergo sporulation.
Sporozoites are infective to the vertebrate host, where they
become merozoites or piroplasms in the erythrocytes.

Pathologic Effects. In general, small Babesia are more
virulent than large strains. For example, B. ovis is highly
virulent to sheep, while B. motasi is only moderately so.
Erythrocyte destruction caused by rapidly dividing para-
sites causes anemia, fever, hemoglobinemia, and hemoglo-
binuria. There may be a sequestration of infected cells in
capillary beds and hypotensive shock may occur. The liver
and spleen become enlarged and the tissues and mucous
membranes become jaundiced.

Clinical Disease. Clinical signs in sheep include ane-
mia, fever, anorexia, diarrhea, depression, and icterus. The
signs seen in a flock vary with the age of the animals involved.
Young animals become infected but are often asymptomatic
carriers because of premunity. Older animals exposed for the
first time, or following reexposure after a long period of being
Babesia-free, may exhibit clinical disease.

Diagnosis. Geographic locality and history of the
flock are useful for a presumptive diagnosis. Finding the
piroplasms in thick or thin blood films is proof of infec-
tion. The level of parasitemia is too low to detect in
chronic carriers, so observation is strong evidence of dis-
ease. Serologic tests and PCR are useful for evaluating
flock exposure and carrier status.
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Treatment and Prevention. Imidocarb dipropionate
is effective in treating ovine babesiosis58. A flock consisting
of chronic carriers will not show clinical signs. Babesia-free
animals in endemic areas can be purposefully inoculated
when young, to induce a carrier state. However, the admin-
istration of blood from carriers does carry risk because high
parasitemia may cause disease or other pathogens may be
transmitted. Older animals administered blood from carri-
ers can be treated with imidocarb when they begin to show
signs of disease. This provides protection from future natu-
ral exposures so long as adequate antibody titers remain.
Disease can also be prevented by the prophylactic use of
imidocarb so that as serum levels decline and the sheep are
exposed, the infection will be moderated sufficiently to
allow survival while premunity develops.

Area-wide tick control programs are unlikely to pre-
vent infections where three-host ticks are present.

Public Health Considerations. Infection of humans
with small ruminant Babesia has not been reported.

Theileria spp.
Morphology. Piroplasms of Theileria hirci and T. ovis are
found in erythrocytes, and measure 1 µ to 2 µ. They are
round to rod-shaped but are never paired like Babesia.

Hosts. Theileria hirci is the agent of malignant theile-
riosis of sheep and goats in Eastern Europe, the Middle
East, and North Africa, and it is transmitted by Hyalomma
spp.59. Theileria ovis is a benign parasite of sheep in
Europe, Asia, and Africa.

Life Cycle. Sporozoites are inoculated into the host
during tick feeding. The sporozoites enter into lympho-
cytes in lymph nodes and undergo schizogony, ultimately
producing micromerozoites, which enter erythrocytes and
form piroplasms. The piroplasms are infective to larval or
nymphal ticks. Sexual reproduction occurs in the tick, pro-
ducing sporozoites that are transmitted to the host after
several days of feeding.

Pathologic Effects and Clinical Disease. Infection
with T. hirci results in lymphadenopathy followed by lym-
phocytolysis, hemorrhages on mucous membranes and
serosal surfaces, anemia, icterus, and pulmonary edema.
Animals become febrile, weak, and lethargic. Mortality
rates are high.

Diagnosis, Treatment, and Prevention. History and
clinical signs are indicative of theileriosis. Finding meronts
(schizonts) in the lymphocytes obtained by lymph node
biopsy, or the presence of piroplasms in erythrocytes, con-
firms infection. Once clinical signs have been seen it is
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probably too late to successfully treat an infected host.
Tick control may be successful because the organism is
transmitted several days after attachment. This treatment
approach has been used against bovine theileriosis in east-
ern Africa, where animals were dipped twice weekly during
the season of greatest tick activity.

Public Health Considerations. Theileria infections
have not been reported in humans.

TREMATODES

Family Dicrocoeliidae

Dicrocoelium spp.

Morphology. Sheep and goats are susceptible to infection
with Dicrocoelium dendriticum and D. hospes. These are
small (�1 cm long), lancet-shaped flukes with simple
caeca. The uterus is large and branched. The eggs are
brown, measure 45 µ by 30 µ long, and contain a miracid-
ium when passed.

Hosts. Natural definitive hosts include sheep, goats,
cattle, deer, and rabbits. Several species of terrestrial snails
serve as the first intermediate host and Formica ants serve
as the second intermediate host of D. dendriticum. Like-
wise, Campanotus ants serve as the second intermediate
host of D. hospes. Dicrocoelium dendriticum is found in
many parts of the temperate world and D. hospes is found
in sub-Saharan Africa.

Life Cycle. Adult flukes inhabit the bile ducts, from
which they expel eggs that are immediately infective to
snails. Two generations of asexual development occur
within the snail. Cercarial development takes three
months and cercariae are expelled from the snail in pul-
monary exudates (the slime ball). Ants ingest slime balls
and the cercariae form metacercariae in the body cavity or
brain. Metacercariae in the brain cause the ant to grasp for-
age and hang on until ingested by a grazing herbivore. The
immature flukes travel directly from the small intestine up
the bile ducts with no migration in the liver parenchyma.
The prepatent period is 10 to 12 weeks.

Pathologic Effects and Clinical Disease. Light
infections are asymptomatic. In contrast, extremely heavy
infections (thousands of flukes) may result in fibrosis of
the small bile ducts and subsequent cirrhosis, edema, and
emaciation.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the small brownish eggs on fecal examination,
or the adult worms in the bile ducts. Benzimidazoles given
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at higher rates than for other helminths, or praziquantel at
double the dose for tapeworms, are effective. Netobimin at
20 mg/kg may be effective59. Prevention is complicated by
the long-term survival of eggs and the presence of infected
snails in the environment. In these cases, sheep should be
treated regularly to prevent egg shedding. In endemic
areas, research sheep should be housed on dry lots.

Public Health Considerations. The infection has been
reported in humans following ingestion of infected ants.

Family Fasciolidae

Fasciola gigantica

Morphology. Adult Fasciola gigantica measure 7.5 cm
long and are leaf shaped, with a short conical anterior end.
In other ways it resembles F. hepatica. The operculated eggs
are golden colored and measure 190 µ long by 100 µ wide.

Hosts and Life Cycle. The host distribution and life
cycle are similar to F. hepatica. The parasite is found in
tropical and semitropical regions. The prepatent period is
13 to 16 weeks. Metacercariae may not encyst on vegeta-
tion but may be found on the water surface, so drinking, in
addition to grazing, facilitates transmission59.

Pathologic Effects and Clinical Disease. The disease
is similar to that caused by F. hepatica but fewer flukes are
required to cause clinical disease. Goats are more likely to
suffer adverse reactions than sheep60.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment and prevention recommendations are as for 
F. hepatica.

Public Health Considerations. Ingesting metacer-
cariae from contaminated vegetation or water infects
humans. Thus, animal workers cannot be directly infected
from animals.

Fasciola hepatica

Morphology. Adult flukes are measure 3.5 cm by 1 cm
long and are thin, leaf-shaped, gray brown, with a conical
anterior end. There are shoulders behind the anterior cone.
One sucker surrounds the mouth, and another, ventral
sucker, used as a holdfast, can be seen with the naked eye.
The internal organs are branched and the cuticle is covered
with small spines. The operculated eggs are light yellow to
gold and measure 150 µ long by 90 µ wide.

Hosts. Domestic ruminants are the natural definitive
hosts, though other mammals may become infected. Adult
flukes are found in the hepatic bile ducts. The intermediate
hosts are amphibious snails of the genus Lymnaea. Fasciola
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hepatica occurs in temperate and sub-tropical areas of the
world.

Life Cycle. Eggs passed in the feces hatch in one to
two weeks. Eggs only hatch in water during daylight and
when free from fecal material. The miracidium has only a
few hours to find a suitable snail, which it penetrates. Each
miracidium reproduces asexually in the snail, resulting in
up to 600 cercariae, which leave the snail in water and
encyst on submerged grass. Encysted metacerariae are
ingested during grazing. They exit the cyst in the small
intestine and penetrate the intestinal wall into the peri-
toneal cavity. They penetrate the capsule of the liver and
begin migration through the parenchyma for six to eight
weeks. The immature flukes enter the bile ducts and
mature, producing eggs in eight to 12 weeks. Adult flukes
are long-lived.

Pathologic Effects. The acute disease is manifested in
sheep and goats by severe hepatic enlargement and hemor-
rhagic tracts during migration two to six weeks post infec-
tion. Fibrinous tags are seen on the liver capsule. Affected
sheep have pale mucous membranes, are weak, and may
have ascites. Subacute disease is seen when the exposure is
low and over a longer time span. Some of the flukes reach
the bile ducts and cause cholangitis and tracts in the liver.
Anemia and hypoalbuminemia are seen with jaundiced or
pale mucous membranes, ascites, and bottle jaw (inter-
mandibular edema). Chronic fascioliosis typically results
in fibrous proliferation surrounding the hyperplastic bile
ducts and a blockage of blood vessels in the liver, causing
local fibrosis. The liver is pale and firm with the ventral
lobe reduced in size61.

Clinical Disease. Acute disease results in sudden
death or weak animals with pale mucous membranes simi-
lar to that seen with acute hemonchosis. Clinical signs
develop more slowly with chronic disease. Animals are
pale, lose condition, and show signs of hypoproteinemia,
weight loss, wool break, and nonresponsive anemia.

Diagnosis. No eggs are found in the feces during the
acute or subacute disease. Thus, diagnosis is by post-
mortem examination. Serologic tests have been developed
and are reliable as early as two weeks post infection62.
Serum levels of glutamate dehydrogenase rise early in fluke
migration and gamma glutamyl transpeptidase levels rise
when the flukes reach the bile ducts59. Chronic cases are
diagnosed by finding eggs in feces. Daily fecal egg counts
may vary greatly.

Treatment and Prevention. Triclabendazole is the
most effective drug for Fasciola infections because it has
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the capacity to kill flukes as early as one week into migra-
tion. Other drugs that are effective in removing later
migratory stages are rafoxinide, closantel, nitroxynil, and
clorsulon59. Albendazole is effective in removing adult
flukes. However, local populations of worms may be resist-
ant to specific anthelmintics. Research sheep and goats
should be kept off of pastures harboring lymnaed snails.

Public Health Considerations. Humans acquire
infection of F. hepatica by ingesting metacercariae from
vegetation. Thus, animal workers cannot be directly
infected from animals.

Family Paramphistomatidae

Morphology. Sheep and goats are susceptible to infection
with several paramphistomes, including Calicophoron
calicophorum, C. microbothrium, Cotylophoron cotylphorum,
C. panamensis, Paramphistomum cervi, P. ichikawai, Ornitho-
coelium spp., and others. These are robust, 1-cm-long,
conical flukes with a large ventral sucker, smaller oral
sucker, and in some species, a genital sucker. The eggs are
large (150 µ long by 90 µ wide), operculated, and unlike
those of F. hepatica, are clear.

Hosts. Adult paramphistomes inhabit the reticulum
of ruminants. Larval stages use aquatic snails of the genera
Planorbis or Bulinus as intermediate hosts59 or amphibious
snails of the genus Lymnaea63. Fluke and host species vary
depending on the geographic locality.

Life Cycle. The life cycles are generally similar to that
of F. hepatica. Ingested metacercariae excyst in the small
intestine and the immature flukes feed on plugs of mucosa
in the duodenum for approximately six weeks. They then
migrate to the reticulum and attach as adults. The
prepatent period is seven to 10 weeks.

Pathologic Effects and Clinical Disease. The most
acute damage occurs during the histophagic phase in the
duodenum. The host becomes emaciated with a thick-
ened, corrugated, gelatinous anterior small intestine.
Immature flukes burrow into the intestinal wall as far as
the muscularis mucosa, drawing tissue into the oral sucker.
The mucosa lifts from the muscularis in heavy infections
and there is diffuse cellular proliferation around the
flukes64,65. Most infections are asymptomatic. In heavy
infections, diarrhea and emaciation coincide with the
activity of immature flukes in the intestine.

Diagnosis, Treatment, and Prevention. Flukes may
be observed at necropsy. Speciation is difficult but only
one or two species of rumen flukes are likely to occur in a
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given geographic region. Sedimentation or differential
sieving may recover the eggs. Resorantel and oxyclozanide
are the drugs of choice against adult and immature rumen
flukes59. Research sheep and goats should not be housed
on pastures known to flood regularly.

Public Health Considerations. There are none.

CESTODES

Order Cyclophyllidea

Echinococcus granulosus

Morphology. The morphology of the adult tapeworm is
presented in Chapter 17, Parasites of Dogs. The metaces-
tode (larval) stage of Echinococcus granulosus is the hydatid
cyst, a thick-walled, fluid-filled structure that varies in size
with anatomic location and age of the cyst. Each cyst con-
tains thousands of protoscoleces.

Hosts and Life Cycle. Several species of mammals
have been identified with hydatid cysts, including sheep,
other ruminants, swine, and humans. Gravid proglottids
are passed in the feces of canids. The eggs are distributed in
the environment, where they may survive for as long as
two years, then are consumed by an intermediate host. The
embryo penetrates the gut, where it is carried to the liver,
lungs, or occasionally other organs. The hydatid cyst grows
slowly and matures in six to 12 months in sheep. The
mature cyst is consumed by canids, resulting in the estab-
lishment of hundreds to thousands of adult worms in the
small intestine.

Pathologic Effects and Clinical Disease. In sheep,
approximately 70% of the cysts are found in the lungs and
25% are found in the liver66. The diameter and shape of the
cyst varies with location, but 20-cm diameter cysts are not
unusual. The presence of the space-occupying cyst is usu-
ally well tolerated by sheep, because there is little host reac-
tion to the cyst. Thus, most infections are asymptomatic.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding cysts at necropsy. The eggs passed in the stool of
canids are indistinguishable from those of Taenia spp. No
treatment is warranted in ruminant hosts. Praziquantel
and other anthelmintics are effective in dogs. Sheep and
goats used in research must be prevented from grazing pas-
tures contaminated by feral dogs. Treatment of dogs is
effective but the proper disposal of carcasses is essential
because wild canids are not amenable to treatment.

Public Health Considerations. Hydatid disease is a
locally important condition in humans. However, humans
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become infected through ingestion of eggs from canids,
not through contact with infected ruminants.

Moniezia expansa

Morphology. Adult Moniezia expansa measure up to 2 m
long and 1.5 cm wide. The rostellum is unarmed. The eggs
are variable in shape but usually triangular, approximately
60 µ long, and contain a pyriform apparatus with a hexa-
canth embryo.

Hosts. Moniezia expansa, the “broad” tapeworm, is a
member of the family Anoplocephalidae and is found pri-
marily in sheep, goats, and a wide variety of deer and ante-
lope. A closely related species, M. benedeni, is found
primarily in cattle but has been reported in small ruminants.

Life Cycle. Gravid proglottids and eggs are expelled
in the feces. Forage mites in the family Oribatidae ingest
the eggs. The hexacanth embryos migrate into the body
cavity of the mites and form cysticercoids. The cysticercoid
is infective in one to four months and the sheep or goat
ingests the mite while grazing. The scolex attaches in the
small intestine. The prepatent period is six weeks. Adult
worms only live about three months.

Pathologic Effects and Clinical Disease. Moniezia
expansa rarely causes disease, even in kids and lambs,
though some have reported diarrhea, ill thrift, and intes-
tinal obstruction due to M. expansa59.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding proglottids in the feces, adult worms on post-
mortem examination, or eggs in fecal floatation prepara-
tions. Benzimidazoles may be effective if administered at
doses higher than recommended for nematodes. Prazi-
quantel, niclosamide, or bunamidine may be used for
treatment or prevention by treating lambs or kids in the
late spring when mite populations are greatest.

Public Health Considerations. Humans are not sus-
ceptible to infection with Moniezia sp.

Taenia spp.

Morphology. Only metacestode stages of Taenia are found
in the tissues of sheep or goats. Larval T. ovis was at one time
named Cysticercus ovis. The metacestode stage of 
T. hydatigena was called C. tenuicollis. The cyst of T. multiceps
was named Coenurus cerebrallis, with each cyst containing
numerous protoscoleces.

Hosts and Life Cycle. Canids serve as definitive hosts
for all of these tapeworms. Sheep are the most common
intermediate host for all three species. Cattle and swine are
often also infected with T. hydatigena.
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Proglottids are passed in the feces of canids. The eggs
are distributed in the environment. After ingestion by the
intermediate host the hexacanth embryo tears through the
intestine and is picked up in the blood and transported to
the muscle, liver, or central nervous system. Development
occurs in the muscle with T. ovis. After migration through
the liver, the cyst of T. hydatigena is formed on the liver
surface or in the peritoneal cavity. The coenurus of T. mul-
ticeps matures in the brain or spinal cord of the infected
intermediate host. After a dog or wild canid eats the inter-
mediate host, adult tapeworms mature in the small 
intestine.

Pathologic Effects and Clinical Disease. Cysticerci
of T. ovis are nonpathogenic in muscle and therefore
asymptomatic. Larval T. hydatigena cause a condition
known as “hepatitis cysticercosa,” in which migration
tracts in the liver resemble those caused by Fasciola hepat-
ica. Affected sheep may become anemic and hypoproteine-
mic. Coenuri of T. multiceps in the brain or spinal cord
may cause pathology, depending on their location. Large
space-occupying cysts lead to clinical signs, including soft-
ening of the skull over the lesion, circling, blindness, para-
plegia, and hyperaesthesia. In addition, the sheep develops
a high-stepping gait, a condition known as “gid.”

Diagnosis, Treatment, and Prevention. Post-
mortem diagnosis is by finding cysts at necropsy. Infec-
tions with T. multiceps may be diagnosed antemortem
based on radiographic evidence and central nervous signs
in sheep living in endemic areas. Cysts of T. multiceps may
be removed surgically66. Sheep and goats used in research
must be prevented from grazing on pastures contaminated
by feral dogs. Treatment of dogs is effective but the proper
disposal of carcasses is essential because wild canids are not
amenable to treatment.

Public Health Considerations. Humans are not sus-
ceptible to infection with T. ovis or T. hydatigena, although
rare infections with T. multiceps have been reported as a
result of accidental consumption of eggs in canid feces.

Thysanosoma actinioides

Morphology. Thysanosoma actinioides, the “fringed” tape-
worm, is a member of the family Thysanosomidae. The
fringed tapeworm bears a series of papillae on the posterior
of each proglottid. Adults measure 15 cm to 30 cm long by
8 mm wide, and produce triangular to square eggs without
a pyriform apparatus.

Hosts. The primary definitive host is the sheep but
other ruminants in the western United States and South
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America may be infected. The parasite is normally an
inhabitant of the small intestine83 but is frequently found
in the common bile duct.

Life Cycle. Gravid proglottids and eggs are expelled
in the feces. Psocids (book lice) ingest the eggs. The hexa-
canth embryos migrate into the body cavity of the psocids,
where cysticercoids are formed. Sheep or others ingest pso-
cids while grazing. The worms do not remain attached in
any one location within the small intestine or bile ducts,
but move about quite readily.

Pathologic Effects and Clinical Disease. The pres-
ence of the worms in the bile ducts has caused some to
associate T. actinioides with several hepatic diseases; how-
ever, evidence for this is lacking. The primary importance
of infection is liver condemnation due to the presence of
the parasite67.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding eggs in the feces or adult worms at necropsy.
Infections may be treated with Niclosamide59 or albenda-
zole68. Housing research sheep indoors or on dry lot may
prevent infections.

Public Health Considerations. Thysanosoma actin-
ioides does not infect humans.

LEECHES

Morphology. Limnatis nilotica, the “horse leech,” is a mem-
ber of the class Hirudinea. Limnatis nilotica is a flattened,
segmented worm with a triangular anterior sucker. The pos-
terior segments are dark brown or greenish, with longitudi-
nal rows of dark spots, and form a large sucker. The ventral
surface of the leech is darker than its dorsal surface.

Hosts and Life Cycle. Sheep and other mammals are
susceptible to leech attack. The leech is widespread in
Europe and northern Africa. Adult hermaphroditic leeches
produce egg packets that develop in pools of water that
contain vegetation. Young leeches inhabit the water sur-
face, whereas adults live in the muddy bottom. Vibrations
associated with approaching animals attract the leeches to
the host, which then ingests them. Leeches attach to the
pharynx and nasal cavities where they suck blood for days
to weeks, eventually leaving while the host is drinking.

Pathologic Effects and Clinical Disease. Pathologic
changes associated with leech infection include blood loss
anemia, severe edema in the head region, and resulting
dyspnea. Affected animals extend the head, breathe
through an open mouth, and exhale bloody froth. Death
may result from asphyxiation69.
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Diagnosis, Treatment, and Prevention. Diagnosis is
based on clinical signs and by direct observation of
attached leeches in the nasal cavity or throat. Treatment is
by extracting the leeches with gentle traction. Chloroform
water or cocaine preparations may be used to paralyze the
leech and facilitate removal70. Prevention is by watering
livestock from clean water troughs or troughs that have
been treated with copper sulfate. The chances of exposure
are much greater when watering ponds are low, rather than
when the pools are full.

Public Health Considerations. Humans represent
suitable hosts for leeches. However, animal workers cannot
become infected from sheep or goats, unless the leech
attaches to the surgeon after it is removed.

NEMATODES

Most nematodes that affect sheep and goats are acquired via
grazing and are not transmitted within the laboratory ani-
mal facility. However, sheep and goats intended for research
may arrive at the facility already infected. Treatment with
suitable anthelmintics on arrival may not be completely
effective because of anthelmintic resistance, lack of efficacy
against hypobiotic larvae, or improper administration of
the compound. The latter may include use of an improper
anthelmintic for the parasite species or improper dose rate
of the correct anthelmintic for the specific host.

Superfamily Rhabditoidea

Strongyloides papillosus

Morphology. Adult parasitic female Strongyloides papillo-
sus measure 3.5 mm to 6 mm long. Parasitic males have
not been reported. The genus is readily identified by the
rhabditiform esophagus, which extends roughly one-third
the length of the body. The uterus and digestive tract are
braided and the female produces thin-shelled, larvated
eggs measuring 40 µ to 60 µ long by 20 µ to 36 µ wide71.
The tail is blunt.

Hosts. Strongyloides papillosus inhabits the duodenum
of sheep and goats, as well as other ruminants, including
cattle and deer. Rabbits may also become infected.

Life Cycle. Eggs produced by the parasitic female
worms hatch in the environment and develop into infec-
tive larvae (homogonic life cycle) or free-living adults of
both sexes (heterogonic life cycle). Most eggs develop into
infective larvae at 20°C; at 30°C eggs develop into free-
living larvae72. Sheep and goats are infected through skin
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penetration by third-stage larvae found in moist organic
material. Transmammary infection also occurs, so that 
S. papillosus is often the first nematode found in lambs or
kids. In the absence of new exposure, arrested larvae in the
tissues provide a source of infection to replace adults lost
from the intestine73. The prepatent period is six to 14 days.

Pathologic Effects and Clinical Disease. Skin pene-
tration by larval worms results in dermatitis. Dermatitis
may progress to foot rot in sheep74. Diarrhea may occur,
but there is only weak correlation between clinical signs
and worm burden, which is represented by fecal egg
count59. Sudden deaths due to cardiac arrhythmias (ven-
tricular fibrillation preceded by sinus tachycardia) may
occur in lambs and calves housed in heavily contaminated
environments75,76.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding worms in the duodenum and possibly the
jejunum. Larvated eggs passed in the feces are readily
recovered by flotation techniques and can be easily differ-
entiated from the eggs of other gastrointestinal nematodes.

Benzimidazoles and macrolides are effective against
most populations of adult worms. These drugs may be
effective against larvae in the tissues when the larvae are
metabolically active but they do not appear to have activity
against hypobiotic larvae.

Research animals should be housed in clean, dry envi-
ronments unsuitable for survival of free-living larvae.
Treatment of dams at parturition reduces transmammary
transmission.

Public Health Considerations. Strongyloides papillo-
sus does not infect humans.

Superfamily Oxyuroidea

Skrjabinema ovis

Morphology. Adult male Skrjabinema ovis measure 2.5 mm
to 3.5 mm long and bear a single spicule measuring 120 µ
long. Adult females measure 5 mm to 10 mm long and the
eggs measure 50 µ to 30 µ long, with a slightly flattened
side. They are embryonated when passed71.

Hosts and Life Cycle. Skrjabinema ovis is found in
the colon of sheep and goats. A separate species, S. caprae,
was described for the goat but is likely synonymous77. The
life cycle is direct. Embryonated eggs are deposited in the
perianal region before falling to the ground, where grazing
sheep and goats ingest them. Larvae migrate from the
small intestine to the colon, where they mature. The
prepatent period is 24 days.
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Pathologic Effects and Clinical Disease. Skrja-
binema ovis is not known to cause clinical disease.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding adult worms in the colon. The eggs may be
found on the hair, wool, or skin, or adhered to inanimate
objects in the environment such as feed racks. Occasionally,
eggs may be recovered from the surface of a fecal pellet.

Treatment is usually not indicated, though modern
anthelmintics are effective against adult worms in the
colon. Infections may be minimized by treating animals for
adult worms and immediately moving them to a clean envi-
ronment after thoroughly washing the infected animal.
Three treatments at biweekly intervals prevent develop-
ment of newly acquired larvae. It is unlikely that eggs
survive in the environment longer than a month.

Public Health Considerations. Skrjabinema ovis
does not infect humans.

Superfamily Strongyloidea

Bunostomum trigonocephalum

Morphology. Bunostomum trigonocephalum belongs to the
family Ancylostomatidae. Unlike many other hookworms,
B. trigonocephalum possesses two cutting plates at the mar-
gin of the buccal cavity, and a tooth near the esophagus.
Adult worms measure 12 mm to 26 mm long. The spicules
measure 600 µ to 640 µ long. The female has a blunt tail
and the vulva is mid-body. The eggs are thick shelled and
the internal cells are darker than most strongyle eggs, and
often have debris clinging to the eggshell.

Hosts and Life Cycle. Sheep and goats are natural
hosts of B. trigonocephalum. Other natural hosts include
antelope. Eggs are passed in the feces and hatch in the envi-
ronment. Sheep and goats become infected through skin
penetration or ingestion of infective, third-stage larvae. Lar-
vae follow a skin-tracheal migration pattern, molting in the
lungs and again in the small intestine. The prepatent period
varies but is greater than 40 days. Adult worms survive in
the intestine for more than a year71. Larval development
may be delayed, with larvae instead entering hypobiosis
under the influence of host immunity. Thus, clinical disease
may occur more commonly at the end of the dry season
when the host immunity is at its lowest59.

Pathologic Effects and Clinical Disease. Infections
in young animals result in anemia, hypoproteinemia, diar-
rhea, and weight loss. Foot stamping or other activities
indicating local irritation may be seen when larvae are
penetrating the skin.

PARASITES OF SHEEP AND GOATS 655

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding adult worms in the small intestine. Coprocul-
ture and larval identification are necessary to distinguish
infection with B. trigonocephalum from infection with
other strongyles.

Any of the modern anthelmintics used in sheep and
goats are effective against Bunostomum. Strategic use of
anthelmintics that are effective against hypobiotic larvae
during the dry season may prevent the accumulation of
larvae in the environment. Frequent removal of manure
from the pens in which young animals are confined
reduces contact. Because larvae do not leave the fecal pellet
before skin penetration, areas heavily soiled with feces
increase the risk of infection. Therefore, B. trigono-
cephalum is common in poorly kept confinement facilities.

Public Health Considerations. Bunostomum
trigonocephalum does not infect humans.

Chabertia ovina

Morphology. Chabertia ovina, the large-mouthed bowel
worm, is a robust worm that measures 13 mm to 20 mm
long. The buccal cavity is large, and is slightly hooked at
the anterior end. The eggs are typical of the superfamily,
and measure 90 µ long by 51 µ wide.

Hosts. Natural hosts include sheep and goats, as well
as other ruminants such as cattle, antelope, deer, and
camels.

Life Cycle. Chabertia has a direct life cycle. Eggs
passed in the feces embryonate and hatch in hours to days,
depending on the temperature. Both the eggs and larvae
can survive freezing weather conditions. The larvae are
ingested during grazing. The parasite is found in cool tem-
perate climates and may be transmitted during the winter.
Development occurs in the wall and lumen of the colon.
The prepatent period is approximately 50 days.

Pathologic Effects and Clinical Disease. The larvae
and immature adult worms are voracious bloodsuckers,
whereas adults are plug feeders. The bowel becomes ede-
matous, fibrotic, and hemorrhagic. The most severe lesions
correspond to the period of larval development. Bloody
diarrhea may be observed roughly three weeks after infec-
tion, and persist for up to two months. Decreased wool
production is a sequella to the infection71.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding worms in the colon at necropsy. Eggs passed in
the feces are not distinguishable from the eggs of other
strongyles. However, the infective third-stage larva obtained
by coproculture can be differentiated from those of other

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 655



gastrointestinal nematodes. Most commonly used anthel-
mintics are effective against C. ovina. As a result, the parasite
is now rare. Infections may be prevented by treatment of
adults and maintenance of young animals indoors, on dry
lot, or on clean pastures.

Public Health Considerations. Chabertia ovina does
not infect humans.

Oesophagostomum columbianum

Morphology. Oesophagostomum columbianum, the “nodu-
lar” worm, is a white, robust worm measuring 12 mm to
18 mm in length. The cephalic vesicle is not inflated.
There are 20 to 24 elements in the external leaf crown and
40 to 48 elements in the internal leaf crown. The cervical
papillae are well developed. The spicules measure 750 µ to
850 µ long. The female has a long, tapering tail. The eggs
are typical for the superfamily, and measure 70 µ to 80 µ
long by 50 µ wide71.

Hosts and Life Cycle. Natural hosts include sheep,
goats, and camelids. Adult worms live in the lumen of the
colon and the eggs are passed in the feces. Hatched larvae
feed on bacteria and develop in the fecal pellet to the infec-
tive third-stage in approximately one week. The larvae are
ingested during grazing and encyst in the wall of the small
intestine approximately three days following infection.
These larvae molt to the fourth stage, emerge from the cysts,
and are carried to the colon for maturation to the adult
stage78. The prepatent period is approximately 45 days.
In immune hosts, small intestinal larvae may be trapped in
the cyst for up to a year, and eventually die59.

Pathologic Effects. Pathologic effects are due to the
reaction surrounding the larvae within the nodule in the
intestine, or during the time of emergence of the fourth-
stage larvae from the wall of the intestine. Lesions consist
of eosinophilic, caseous nodules, which ulcerate as larvae
emerge from the mucosa. Ulceration may result in ane-
mia79. Fourth-stage larvae are plug feeders and the adult
worms imbibe blood.

Clinical Disease. Clinical signs include anemia, diar-
rhea, weight loss, and anorexia in the presence of only a
few adult worms. The nodules occasionally perforate the
intestine, resulting in peritonitis. Worm burdens decline
with advancing age and repeated exposure, though inflam-
mation and nodule formation resulting from encystment
of third-stage larvae may remain marked79.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding nodules in the small intestine or adults in the
large intestine. Eggs are readily found on fecal flotation but
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cannot be differentiated from other strongyle eggs. How-
ever, infective third-stage larvae can be differentiated from
other genera of nematodes.

Modern anthelmintics are effective against the adult
and luminal larval worms. Treatment of animals in which
the parasite has been identified should rid the flock of the
infection. The parasite has become rare in recent years in
areas where anthelmintic treatment is commonly practiced.

Public Health Considerations. Humans are not sus-
ceptible to infection with O. columbianum.

Oesophagostomum venulosum

Oesophagostomum venulosum is a robust, bursate worm
measuring 12 mm to 24 mm in length and 300 µ to 600 µ
wide, with an inflated cephalic vesicle. The external leaf
crown has 18 elements and the internal leaf crown has 36.
The spicules measure 1.1 mm to 1.5 mm long, and the
eggs are typical of the superfamily59. The biology of 
O. venulosum is similar to that of O. columbianum. Like-
wise, lesions consist of intestinal nodules, petechial hemor-
rhages, and ulcers. Clinical signs include decreased weight
gain, diarrhea, and excessive mucous production. Other
aspects of infection with O. venulosum are similar to 
O. columbianum.

Superfamily Trichostrongyloidea

Cooperia curticei

Morphology. The head of adult Cooperia curticei (Syn.
Cooperia surnabada) is bulbous, with transverse striations
running the length of the body. There are 14 to 16 longitu-
dinal striations. Adult worms measure 5 mm to 6 mm
long. The spicules measure 140 µ long, and are stout and
curvaceous.

Hosts and Life Cycle. Cooperia curticei is a parasite of
the small intestine of sheep, goats, and occasionally, wild
ruminants. The life cycle is similar to that of other tri-
chostrongylid nematodes. Larvae are inactive during the
winter on pasture but rapidly develop in the summer. The
prepatent period can be as short as 12 to 14 days77.

Pathologic Effects and Clinical Disease. The para-
site is a mild pathogen. Softening of the stool at the time of
patency was the only sign seen in lambs80.

Diagnosis, Treatment, and Prevention. Diagnosis,
treatment, and prevention strategies are similar to those of
Teladorsagia circumcincta.

Public Health Considerations. Cooperia curticei
does not infect humans.
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Dictyocaulus filaria

Morphology. Adult male Dictyocaulus filaria measure 
25 mm to 80 mm long, with short, stubby, bursal rays.
The spicules are stout and curved, and measure 400 µ to
500 µ long. The females measure 50 mm to 100 mm long
with embryonated eggs in the uterus.

Hosts and Life Cycle. Dictyocaulus filaria inhabits
the trachea and bronchi of sheep and goats. Eggs released
by the females hatch in the lungs of the host. First-stage
larvae are coughed up, swallowed, and passed in the feces.
The larvae do not feed in the fecal pellets but develop to
the infective stage in a minimum of five days. Infective lar-
vae are passively dispersed by rain, or by crawling onto
Philobus sporangophores, which burst, thereby propelling
spores and larvae onto the pasture. Larvae are ingested and
penetrate the intestinal wall, and are carried to the mesen-
teric lymph nodes. Here, they molt to the fourth larval
stage, are carried by lymph and blood to the lungs, and
break out of the capillaries and enter the alveoli. Larvae
then ascend to the bronchioles where they molt to the
adult stage and mature. The prepatent period is five weeks.

Pathologic Effects and Clinical Disease. Pathologic
effects include damage to the alveoli, bronchioles, and
bronchi due to cellular infiltration and a plugging of the
smaller air passages. Bronchitis occurs due to production
of excessive mucus, entrapment of eggs and larvae, and
development of a foreign body reaction, with the influx of
massive numbers of eosinophils, macrophages, and giant
cells. Interstitial emphysema and edema occur, and oppor-
tunistic bacteria may invade areas of inflammation around
dead and dying worms59. Clinical signs include coughing
and ill thrift in young animals. Goats are more adversely
affected than sheep. Dyspnea and nasal discharge are seen
in heavily infected individuals.

Diagnosis. Diagnosis is by finding characteristic first-
stage larvae in the feces. The first-stage larva bears a knob
at the anterior end of the sheath and has a straight tail. The
protoplasmic knob is a useful characteristic to differentiate
the larvae from those of other lungworms found in small
ruminants.

Treatment. The modern anthelmintics (levamisole,
macrolides, or benzimidazoles) effectively eliminate 
D. filaria. Supportive treatment may be necessary to sup-
plement oxygen, kill bacterial invaders, and reduce inflam-
mation. Parenterally administered macrolides are effective
against incoming larvae for a month or longer so that
infected animals may remain on contaminated pasture
while possibly gaining immunity to the parasite.
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Prevention. Infection with D. filaria can be pre-
vented by not allowing susceptible animals to graze where
disease outbreaks have occurred in the present or previous
year’s grazing season. Use of residual anthelmintics or feed-
ing of anthelmintics may protect susceptible animals from
infection, though experience with tissue-migrating larvae
is necessary for the development of immunity. Thus,
chronically medicated animals remain susceptible to dis-
ease and to infection with parasite strains that have devel-
oped anthelmintic resistance.

Public Health Considerations. Humans are not sus-
ceptible to infection with D. filaria.

Haemonchus contortus

Morphology. Adult male worms measure 10 mm to 20 mm
long, and females measure 18 mm to 30 mm long. A
lancet in the buccal cavity is used to cut small blood vessels
so the worms can imbibe large quantities of blood. The
blood-filled intestine causes freshly collected worms to
appear red. The ovaries and uterus, which are white, wrap
around the intestine, giving a “barber’s pole” or candy cane
appearance to the females. The spicules are less than 440 µ
long and have a hook at the distal end. The female usually
has a flap or swelling near the vulva. The size of this struc-
ture is influenced by the host immune system, with large
linguiform flaps in susceptible hosts, and small knobs in
resistant hosts. Differences among Haemonchus species are
based on spicule length and cuticular ridge morphology81

or differences in ribosomal DNA82.
Hosts. Sheep and goats are the primary hosts, but

antelope, deer, camelids, and cattle may be infected. 
Gerbils can be infected experimentally, and have been a
useful laboratory animal host83.

Life Cycle. The life cycle is direct, and typical of the
superfamily. Sheep and goats are infected through ingest-
ing third-stage larvae while grazing. Worm development
occurs in the abomasums, where larvae enter gastric pits
and molt to the fourth larval stage, which feeds on blood.
Final development to patent infection requires approxi-
mately three weeks. Adult worms live for months in sus-
ceptible hosts. Adult female worms produce 5,000 to
6,000 eggs per day, ensuring the survival of offspring even
under unfavorable environmental conditions. The
resumption of more favorable weather conditions may
result in the ingestion of massive numbers of infective
larvae previously dormant in fecal pats. Arrested develop-
ment (hypobiosis) within the host is common in
Haemonchus infections and occurs within the abomasum
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during the early fourth larval stage. Resumption of devel-
opment of arrested larvae also occurs during more favor-
able external conditions, or when host immunity wanes,
such as occurs during the periparturient period.

Pathologic Effects. Pathologic changes accompanying
infection with H. contortus are related to the loss of blood
and protein. Edema may be generalized, and the body cavi-
ties become filled with fluid. Bone marrow changes suggest
the duration of the disease. Abomasal lesions may be
absent, though hosts undergoing an immune response to
the worms may develop increased mucosal cellularity, with
mast cells, eosinophils, or globular leukocytes.

Clinical Disease. Haemonchus is the most pathogenic
nematode parasite of sheep and goats in the tropics or tem-
perate areas. Diarrhea is seldom seen with haemonchosis,
although the stool may be soft. The clinical presentation
varies depending on the physiologic status of the host and
parasite burden. Peracute disease is characterized by sudden
death with few warning signs, except that the stool may be
soft and the packed cell volume falls below 10. Only a few
individuals in the flock are affected. The anemia is respon-
sive, and immature erythrocytes are seen in the survivors.
Acute disease is seen in more individuals in the flock, and
the most common signs are anemia, pale mucous mem-
branes, hypoproteinemia, and intermandibular edema
(bottle jaw). The host may be constipated or have a normal
stool. A common sequela to acute haemonchosis is wool
break, in which wool sheds off a few weeks following the
acute signs of disease. Chronic disease is characterized by
unresponsive anemia. Affected animals show signs of ill
thrift, poor-quality wool, weight loss, or failure to gain.

Diagnosis. A diagnosis of haemonchosis may be sus-
pected as erythrocyte and hemoglobin levels become
depressed. Macrocytic, normochromic anemia is typical of
acute haemonchosis. Chronic haemonchosis occurs when
iron, cobalt, and copper levels are depleted (microcytic,
hypochromic anemia). Serum protein levels are low.
Because protein loss occurs through the gastrointestinal
tract, both albumin and globulin levels are lowered.

Fecal flotation using a saline or sugar flotation
medium with a specific gravity of 1.18 or greater will float
the eggs of Haemonchus and other nematodes. Fecal exam-
ination reveals thin-shelled, segmented eggs. Eggs are not
diagnostic for Haemonchus because other genera of
strongylids produce identical eggs. A quantitative test such
as the modified McMaster method helps the clinician
determine whether there is evidence of sufficient numbers
of worms to cause disease. There is a somewhat linear rela-
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tionship between fecal egg count and worm burden. Egg
counts greater than 4,000 eggs per gram of feces are associ-
ated with haemonchosis.

Treatment. Most modern anthelmintics are effective
against Haemonchus. However, H. contortus is prone to
anthelmintic resistance84–86. Goats metabolize anthelmintics
differently than sheep87 and resistance is seen in goats before
it is seen in sheep. Therefore, anthelmintic dosages suitable
for sheep may be insufficient for treating goats. Some have
found that sheep dosages should be doubled for goats.

Animals intended for research may be managed dif-
ferently than those intended as breeders. Research subjects
should be free of gastrointestinal nematodes.

Breeding animals remaining on pasture can be man-
aged in a variety of ways. For example, animals can be
treated after they have been exposed to large numbers of
worms. Treatment two weeks after a rain should remove
many of the recently acquired worms before they can begin
passing eggs. Housing indoors or on dry lot after a disease
outbreak may enable the host to recover both immunity as
well as erythrocyte volume and serum protein levels. In
addition, individual animals that have a greater number of
worm eggs in their feces than the remainder of the popula-
tion can be identified by determining egg counts or by
measuring the color of the ocular mucous membranes (for
instance, FAMACHA carding). Treating high shedders
rather than the entire host population can reduce pasture
contamination nearly as much as treating the entire flock,
and will ensure the survival of susceptible worms, because
those in the untreated animals will not be selected. A
corollary to individual treatment is the culling of those
animals that are treated most often. Not only are they not
resistant to worms, their offspring will likely have similar
traits.

Prevention. Lessening exposure of susceptible hosts is
a critical component of control programs. Reducing pas-
ture contamination should be attempted in the early spring
or at the onset of the rainy season. This can be accom-
plished in a several ways, such as rotating pastures so that
pastures are vacated for at least 30 days in warm wet peri-
ods. Using pastures that have been used for crops, especially
in the last half of the grazing season, is an effective measure
for reducing exposure. Alternate or co-grazing with other
species of livestock may harvest Haemonchus larvae from
the pasture. In general, the Haemonchus in sheep and goats
are poorly adapted to cattle and vice versa, though recent
observations question this assumption because some popu-
lations of H. contortus may thrive in calves.
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Pastures with plants that are high in condensed
tannins are beneficial for hosts because the incoming larvae
may be adversely affected and proteins are able to bypass
the rumen88. The physical structure of some plants may
challenge larvae to ascend vegetation or may provide pro-
tection from adverse pasture conditions89. If animals are
allowed to browse their chances of acquiring larvae dimin-
ishes as the distance from the ground increases. Most
infective larvae are found within two inches (50 mm) of
the soil surface.

Predaceous fungi which kill larvae in pastures, have
been evaluated as agents. One species, Duddingtonia fla-
grans, is able to traverse the digestive tract and is present in
the fecal pat when the larvae hatch. Feeding spores or
incorporating them in ruminal boluses can lower pasture
contamination in specific circumstances90.

Strategic deworming to remove arrested or recently
emerged larvae before they contaminate the pasture has a
great impact on pasture contamination. For example,
treating the ewe or doe in the periparturient relaxation of
resistance greatly reduces pasture contamination. Protein is
vital during the periparturient and early growth periods.
Increased protein levels may lessen worm egg production
and provide a level of tolerance for worms.

Selecting individual animals with some resistance to
Haemonchus, those that have the capacity to rebound from
the effects of parasitism, may be beneficial, because the off-
spring of resistant hosts are also likely to be resistant91,92.

Public Health Considerations. Humans are rarely
infected by Haemonchus71, probably because grazing is the
means of infection. Therefore, normal associations with
infected animals do not represent a risk.

Nematodirus battus

Morphology. Nematodirus battus is a slender, twisted
worm with an anterior inflation and transverse striations.
Adult males measure 10 mm to 13 mm. The spicules mea-
sure 850 µ to 950 µ long and are united at the posterior
end. Female worms measure 17 mm to 22 mm long and
have a pointed tail. The large eggs measure 195 µ long by
95 µ wide, and are brownish in color with parallel sides.

Hosts and Life Cycle. Sheep are the natural hosts of
N. battus. The parasite is found in the ileum of sheep in
cool, moist, temperate areas. The life cycle is direct. Eggs
passed in the feces embryonate in the environment and
must undergo a period of prolonged cooling followed by
warm temperatures to hatch. Infective third-stage larvae
hatch from the eggs in the summer following the one in
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which they were deposited. Lambs ingest larvae while
grazing. There is no migration into the intestine; develop-
ment occurs on the surface of the intestine. The prepatent
period is 15 days.

Pathologic Effects and Clinical Disease. Pathologic
effects include villous atrophy with disruption of the
mucosa of the ileum. The intestine is unable to absorb flu-
ids or nutrients and the lamb develops diarrhea and rapidly
becomes dehydrated and anorexic, and loses weight.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding larval and/or adult worms at necropsy. Because
the clinical signs and death occur during the larval stages,
eggs may be scarce or absent. A history of young animals
grazing the first season, time of year, and pasture history
may facilitate diagnosis. The infection may be eliminated by
administering levamisole, benzimidazoles, or macrolides59.
Research animals can be housed indoors or on dry lot to
prevent infection. Lambs housed on pasture should not be
grazed on those that held lambs in the previous year. If this
is not possible, prophylactic treatment prior to the onset of
clinical signs can be effective.

Public Health Considerations. Nematodirus battus
does not infect humans.

Nematodirus spp.

Morphology. Sheep and goats are susceptible to infection
with Nematodirus abnormalis, N. filicollis, and N. spathiger.
Nematodirus are thin, twisted worms up to 2 cm in length.
Nematodirus filicollis males are 10 mm to 15 mm in length
with a large bursa and large bosses on the underside of the
bursa. The spicules are 700 µ to 900 µ long with a pointed
terminal membrane where the spicules fuse. The females
measure 15 mm to 20 mm long and have a blunt tail end
with a single spine. The eggs measure 150 µ long by 90 µ
wide and have six to eight cells when passed from the host.
Nematodirus abnormalis males measure 11 mm to 17 mm
long with spicules that are 900 µ to 1250 µ long and have
an asymmetrical posterior. The females are similar to those of
N. filicollis, with eggs measuring 210 µ long by 100 µ wide.
Nematodirus spathiger males measure 10 mm to 19 mm
long with a relatively small bursa and small bosses on the
underside. The spicules are 700 µ to 1100 µ long with
spoon-shaped terminal ends. The females measure 15 mm
to 29 mm long with a blunt tail and clear, colored eggs
measuring 200 µ long by 100 µ wide.

Hosts and Life Cycle. Sheep, goats, camels, camelids,
and wild ruminants are the primary hosts. The life cycle is
direct. Larvae develop within the egg and can survive
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conditions unsuitable to other trichostrongylids. They are
often found in hot, dry, or sub-arctic environments66.
Transmission occurs when conditions are favorable for the
infective larvae to hatch from the eggs. Many of the
incoming larvae become hypobiotic within the small intes-
tine of the host. All development occurs within the lumen
of the intestine. The prepatent period for most Nema-
todirus spp is approximately three weeks, but it is only two
weeks for N. spathiger77.

Pathologic Effects and Clinical Disease. Pathologic
changes include worms encircling the villi and distorting
the mucosa in the anterior small intestine. Fourth-stage 
N. spathiger larvae penetrate into the mucosa and may be
associated with clinical disease, including poor weight
gain, and may contribute to parasitic gastroenteritis when
found with other nematode species.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the eggs in the feces or worms in the intestine.
Levamisole, fenbendazole, oxfendazole, albendazole, and
macrolides should be effective against Nematodirus spp.
Prevention is difficult because Nematodirus eggs may hatch
at any time when conditions are right in the environment,
for up to two years after being passed66. Lambs develop a
strong resistance to re-infection but may carry arrested lar-
vae for a considerable time. Strategic treatment early in the
season that is favorable for transmission may lessen pasture
contamination by removing the newly arriving worms
before they can reproduce59.

Public Health Considerations. Humans are not sus-
ceptible to infection with Nematodirus spp.

Teladorsagia circumcincta

Morphology. Teladorsagia (Ostertagia) circumcincta (Syn.
Teladorsagia davtiani, T. trifurcata) adult males measure
approximately 8 mm long. The spicules measure 300 µ
and bear three points on the distal end. Adult females mea-
sure 10 mm to 12 mm long with a vulvar flap near the
curled tail. The eggs are thin shelled, segmented, and mea-
sure 90 µ long by 50 µ wide93,94. Sheep and goat strains
are biochemically and morphologically distinct, which
may explain observed differences between the two host
species95.

Hosts. Natural hosts include sheep, goats, camelids,
deer, and antelope. Marmots and rabbits may also become
infected. Infections of sheep and goats are common in
temperate, moist climates throughout the world.

Life Cycle. The life cycle is typical of the superfamily.
Larvae in pastures are susceptible to hot, dry conditions, so
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disease is most often seen in cooler, moist seasons96.
Ingested larvae may develop directly to the adult stage in
the abomasum or may arrest at the early fourth larval stage
and remain in a state of hypobiosis for several months.

Pathologic Effects. The primary damage to the host
occurs when the early adult emerges from the gastric glands.
Gastric pH rises from the normal 2 up to 7, which allows
secondary bacterial invasion. Umbilicated nodules develop
in the abomasal mucosa, giving the tissue the appearance of
Moroccan leather. Abomasal folds become edematous, and
the mucosa may slough. Regional lymph nodes enlarge and
there is movement of fluids and macromolecules through
open cell junctions resulting in protein loss, including
hypoalbuminemia and hyperpepsinogenemia59.

Clinical Disease. Clinical signs include anorexia, diar-
rhea, dehydration, intermandibular edema, and weight
loss. Small intestinal trichostrongyles may exacerbate clini-
cal signs. Infection with T. circumcincta is more severe in
goats than sheep, possibly because of the goat’s failure to
mount an adequate immune response.

Diagnosis, Treatment, and Prevention. Diagnosis 
is by identification of adult worms in the abomasum. 
Elevated serum pepsinogen and low serum albumin are
suggestive of disease, especially when associated with the
age of animal, time of year, and clinical signs. Adult and
immature worms are generally susceptible to benzimida-
zole or macrolide anthelmintics; however, resistance has
developed to these compounds. Anthelmintics must be
evaluated at the local level to determine their relative value
against specific parasite populations.

Because the free-living stages of the parasite are sus-
ceptible to heat and desiccation, grazing lambs in pastures
not occupied by weanlings the previous autumn will
reduce parasite burdens. Treatment of does or ewes near
the time of parturition negates the effects of the peripar-
turient relaxation of resistance, and lowers the pasture 
contamination when the lambs or kids begin to graze.

Public Health Considerations: Teladorsagia circum-
cincta does not infect humans.

Trichostrongylus axei

Morphology. Trichostrongylus axei is a small, slender worm
with an anterior excretory notch that is diagnostic for the
genus. Adult male worms measure 2.5 mm to 6 mm in
length with dissimilar spicules, one greater than 100 µ long
and the other less than 100 µ long. The females measure 
3 mm to 8 mm in length with approximately 12 eggs in
the uterus. The eggs are typical of the superfamily.
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Hosts. Natural hosts of T. axei include sheep, goats,
cattle, antelope, deer, swine, rabbits, rodents, and horses.
Cattle are the primary host, and other livestock become
infected when grazing with or following cattle in a rota-
tional grazing system.

Life Cycle. The life cycle is direct, with eggs passed in
the feces. Hatched first-stage larvae feed on fecal bacteria
and molt twice to the infective third stage. Infection occurs
by ingestion of third-stage larvae during grazing. Develop-
ment occurs in the abomasum (stomach) with the larvae
penetrating the mucosal crypts and emerging as adult
worms approximately 15 days post-infection. The prepatent
period is approximately three weeks.

Pathologic Effects and Clinical Disease. Changes in
the gastric mucosa include hyperplasia, increased abomasal
pH, and increased permeability of the mucosa, leading to
an edematous abomasum and subsequent diarrhea. Hemo-
concentration and anemia were seen in artificially infected
lambs97. In the natural setting T. axei is just one of the
parasites in the abomasum and is seldom a primary
pathogen. However, heavy infections may result in weight
loss, diarrhea, dehydration, and death98.

Diagnosis Treatment, and Prevention. Diagnosis is
by recovery of adult worms from the abomasum. Fecal egg
counts are low and thus are of little diagnostic value. The
eggs of T. axei are not easily distinguished from those of
other trichostrongyles. Coproculture and larval identifica-
tion are useful. Increased serum gastrin levels suggest
abomasal nematode infection, but are not diagnostic in
themselves99.

Any of the modern anthelmintics are effective against
T. axei. Because cattle are the primary hosts, treating cattle
or preventing co-grazing or rotational grazing with cattle
should lower exposure. However, controlling more impor-
tant parasites may be facilitated by mixed grazing practices.

Public Health Considerations. Trichostrongylus axei
has been reported in humans but is not associated with
disease100.

Trichostrongylus colubriformis

Morphology. Adult male Trichostrongylus colubriformis
measure 4.5 mm to 7 mm long, with a large bursa and sube-
qual spicules that are 125 µ to 165 µ in length, with a spade-
like posterior. The gubernaculum is boat-shaped. Adult
females measure 5 mm to 8 mm long and possess a well-
developed ovijector. The eggs are typical of the superfamily.

Hosts. Sheep and goats are the most common hosts.
However, T. colubriformis has been found in the abomasum
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and/or small intestine of deer, antelope, camelids, cattle,
rodents, and primates, including humans. The anterior
small intestine is the primary habitat of the parasite. There
may be sheep- and goat-adapted strains of T. colubri-
formis77.

Life Cycle. The life cycle is direct, and is similar to
that of T. axei. Uningested larvae survive for prolonged
periods in the environment, with moderate temperatures
and moisture101. The periparturient relaxation of resis-
tance to nematodes in ewes’ results in resumed develop-
ment of hypobiotic larvae so that their offspring will be in
the pasture when the lambs begin to graze102.

Pathologic Effects. Infection results in villus atrophy
and increased mucosal permeability in the anterior portion
of the small intestine. The emergence of the immature
worms from the mucosa into the lumen is associated with
the most significant tissue damage59. The endothelial cells
lining the blood vessels are separated and there is infiltra-
tion of mast cells and neutrophils103. There is protein loss
and failure to absorb specific nutrients, which may lead to
skeletal changes in lambs104,105.

Clinical Disease. Lambs infected with T. colubri-
formis may develop anorexia, weight loss, diarrhea, dehy-
dration, lethargy, and abdominal pain71. The diarrhea is
often dark in color, hence one of the common names,
“black scours worm,” is descriptive. Infections are most
evident in the spring and autumn when there is sufficient
moisture to support larval development106. Lambs or kids
are at higher risk than adults.

Diagnosis, Treatment, and Prevention. Diagnosis is
by recovery of adult worms from the lumen of the small
intestine. The eggs of T. colubriformis are not sufficiently
distinct to allow for accurate species identification. Copro-
culture and identification of third-stage larvae may be used
to identify the worms. Modern anthelmintics are effective;
however, anthelmintic resistance may develop. Therefore,
anthelmintic efficacy should be monitored. Strategic
deworming practices minimize worm burdens.

Public Health Considerations. Humans may
become infected with T. colubriformis.

Trichostrongylus longispicularis

Trichostrongylus longispicularis resembles T. colubriformis
except the spicules are long and slender and do not have
the step-like feature near the posterior end. Although it is
probably a valid species107 it is similar to T. colubriformis in
biology, range, and host effects.
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Trichostrongylus vitrinus

Trichostrongylus vitrinus resembles T. colubriformis except
that the spicules have sharply pointed posterior ends. The
natural hosts, biology, and life cycle are similar to T. colu-
briformis except that T. vitrinus is more tolerant of cold
temperatures and has adapted to cool moist climates106.
Trichostrongylus vitrinus causes more severe erosions of the
intestine and a greater decline in serum albumin levels
than does T. colubriformis108. Infected lambs are anorexic,
diarrheic, and exhibit reduced weight gains. The disease is
more severe than that caused by T. colubriformis in lambs.
Diagnosis, treatment, and prevention are as described for
T. colubriformis. Human infections have been reported.

Superfamily Metastrongyloidea

Muellerius capillaris

Morphology. Male worms measure 11 mm to 13 mm
long with a spiral, coiled tail and a rudimentary bursa. The
females measure 20 mm long and are brownish in color.

Hosts and Life Cycle. Muellerius capillaris is a com-
mon parasite found in the pulmonary alveoli of sheep and
goats. Female worms produce strongyle-type eggs that
hatch, releasing larvae which are coughed up, swallowed,
and passed in the feces. Snails and slugs serve as intermedi-
ate hosts. The first-stage larva penetrates the snail’s foot
and develops to the infective larval stage in 20 to 50 days.
Snails are consumed by the definitive host while browsing.
Larvae migrate through the mesenteric lymph nodes and
are carried by lymph and blood to the lungs. The larvae
then enter the alveoli and ascend to the bronchioles, where
they mature. The prepatent period is five to six weeks.
First-stage larvae survive for months in the environment.
Snails remain infected for life and adult worms may live for
two years in the definitive host59.

Pathologic Effects and Clinical Disease. Worms
occupy the alveoli and incite a tissue reaction consisting of
round cells, giant cells, and connective tissue, resulting in
nodule formation in the pulmonary parenchyma. Nodules
eventually calcify71. Clinical signs are usually absent.

Diagnosis, Treatment, and Prevention. Nodules,
which are readily palpable, are pathognomonic for the
infection. The larvae may be recovered by Baermann tech-
nique. Larvae lack an anterior knob and have a dorsal spine
on the kinked tail. Modern anthelmintics, including benz-
imidazoles, levamisole, or macrolides, eliminate the infec-
tion. Infection may be prevented by eliminating the snail
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intermediate host or by housing research animals indoors
or on dry lot.

Public Health Considerations. Muellerius capillaris
does not infect humans.

Parelaphostrongylus tenuis

Morphology. Adult Parelaphostrongylus tenuis are slender,
yellowish-brown to black, and measure 6 cm to 9 cm long.

Hosts. The normal host of P. tenuis is the white-tailed
deer, in which worms are found in the meningeal venous
sinus. Other ruminants, including mule deer, wapiti,
llamas, sheep, and goats, may be infected. The parasite is
widespread in many areas in the eastern half of North
America.

Life Cycle. Adult female worms release unembry-
onated eggs into the venous blood where they are carried
to the lungs of the white-tailed deer. The eggs become
trapped in the alveolar capillaries. Larvae develop within
the egg and hatch into the alveoli, then ascend the bron-
chiolar escalator and are swallowed and pass into the envi-
ronment on the surface of the fecal pellet. The larvae exit
the fecal pellet and penetrate or are eaten by terrestrial
snails or slugs. Development to the infective stage takes
four weeks or longer within the gastropod.

Ingestion of the gastropod during browsing is the
means of infection by deer or other abnormal hosts.
Within the definitive host the larvae penetrate the wall of
the abomasum and migrate into the peritoneal cavity, then
to the central nervous system following the spinal nerves.
Larvae migrate into the lumbar spinal canal in approxi-
mately 10 days, enter the spinal cord in the dorsal gray
matter, and begin an anterior migration. During the
migration they molt twice and leave the spinal cord
approximately 40 days post-infection. Larvae continue
migration in the subdural space and enter the venous
sinuses. The prepatent period is 12 to 20 weeks69.

Pathologic Effects. White-tailed deer seldom show
more than transient signs of infection. In contrast, infec-
tions are pathogenic in abnormal hosts such as sheep,
goats, and others. Lesions are found in the spinal cord due
to larval migration, and include necrosis, perivascular infil-
tration, and loss of myelin.

Clinical Disease. Goats appear to be more suscepti-
ble to disease than sheep, but this may simply reflect differ-
ences in dietary preference. Clinical signs vary from mild
ataxia or head tilt to paraplegia or tetraplegia. The signs are
greater than can be accounted for by just mechanical dam-
age to the spinal cord during migration.
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Diagnosis. The history of grazing in an area fre-
quented by white-tailed deer should alert the veterinarian
that meningeal worm could be implicated in nervous man-
ifestations of research sheep or goats housed out-of-doors.
Post-mortem finding of nematodes in the central nervous
system is the confirmatory diagnosis.

Treatment. Anthelmintics probably have little influ-
ence on the progress of disease once clinical signs occur.
Some affected animals recover completely or partially regard-
less of treatment. Anti-inflammatory drugs and supportive
care may facilitate recovery. Macrocyclic lactones and some
benzimidazoles are extremely effective in killing P. tenuis but
these drugs do not traverse the undamaged blood-brain bar-
rier. Perhaps some apparent response to treatment is due to
local leakage of the drug in levels high enough to kill the lar-
vae but below the toxicity tolerance of the host.

Prevention. White-tailed deer should not be housed in
areas where the disease has not been reported. Fencing out
deer from enclosures for at least a year to allow the death of
larvae in the soil or for two or three years for the death of
infected snails or slugs may render a property free of infec-
tion. Treatment with effective anthelmintics during the
migration from intestine into the spinal cord gives a level of
protection. Macrolides have residual effects and prophylactic
treatment at monthly intervals may prevent disease but will
probably ensure the selection of resistant gastrointestinal
worms such as Haemonchus. Treatment of white-tailed deer
with drugs such as ivermectin lowers the number of larvae
passed in the feces but does nothing to affect adult worms.

Public Health Considerations. Humans are not sus-
ceptible to infection with Parelaphostrongylus tenuis.

Protostrongylus spp.

Morphology. Sheep and goats are susceptible to infection
with lungworms in the genus Protostrongylus, including Pro-
tostrongylus davtiani, P. rufescens, P. skrjabini, and P. stilesi.
The adults are reddish and measure 20 mm to 60 mm long.
The male reproductive organs are important taxonomic
features.

Hosts and Life Cycle. Protostrongylus are found in
wild and domestic sheep and goats. The life cycle is similar
to that of Muellerius capillaris.

Pathologic Effects and Clinical Disease. Pathologic
changes include occlusion of small bronchioles with debris
consisting largely of worms and eggs. The changes are usually
seen as an incidental finding at necropsy. Clinical signs are
seldom seen with Protostrongylus spp. When present, they
include respiratory distress, weight loss, and diarrhea109.
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Protostrongylus stilesi is transmitted to bighorn lambs in
utero110, and may result in secondary bacterial infection and
fatal pneumonia by six weeks of age77.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding adult worms in the small bronchi. Larvae recov-
ered by the Baermann technique have a kinked tail and
lack a terminal spine and anterior knob. Modern
anthelmintics such as benzimidazoles, levamisole, or
macrolides should successfully eliminate infection with
Protostrongylus. Reducing the snail population on pasture
lowers the prevalence of lungworm infection in the flock.

Public Health Considerations. Protostrongylus does
not infect humans.

Superfamily Spiruoidea

Gongylonema spp.

Morphology. Sheep and goats may become infected with
Gongylonema pulchrum, G. monnigi, and G. verrucosum,
the “stitch worm.” Gongylonema spp. are long, slender
worms measuring 3 cm to 9 cm in length. The anterior
end of the worm bears cuticular plaques (bosses) arranged
in longitudinal rows. The spicules are uneven in length
with a curved end. The uterus contains embryonated eggs.

Hosts and Life Cycle. The parasites are found in the
mucosa of the rumen, esophagus, or tongue of sheep,
goats, deer, camels, cattle, swine, equids, bears, and pri-
mates. Embryonated eggs are passed in the feces and are
consumed by coprophagus beetle larvae or cockroaches.
The infective larva becomes encapsulated in beetle muscles
and develops to the infective third larval stage in about a
month. Ingestion of the beetle frees the third-stage larva,
which ascends the esophageal mucosa and matures to the
adult stage. The prepatent period is two months.

Pathologic Effects and Clinical Disease. The sinu-
ous migratory pattern of the “stitch worm” is a pathogno-
monic lesion. Esophagitis may result from mechanical
damage caused by migration of the adult female during
egg release111. Infections are typically asymptomatic.

Diagnosis, Treatment, and Prevention. The sinuous
esophageal worm migration tracts are diagnostic. The
embryonated eggs are not easily found by standard para-
sitological techniques. Effective treatment strategies have
not been reported. Because adult beetles may fly consider-
able distances, prevention of infection is difficult.

Public Health Considerations. Human infections
by G. pulchrum are rare because transmission requires
ingestion of infected beetles.
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Superfamily Trichuroidea

Capillaria spp.

Adult Capillaria spp. are long, thin worms with a sticho-
some esophagus. Unlike Trichuris, the posterior portion of
the worm is not broader than the anterior portion. Adult
Capillaria bovis measure 11 mm to 25 mm long while 
C. brevipes measures 8 mm to 12 mm long. Capillaria bovis
has been identified in cattle, sheep, goats, and other rumi-
nants and C. brevipes has been identified in cattle and
sheep71. The life cycle is unknown but is apparently similar
to that of Trichuris. There are no reports of disease caused
by Capillaria. Treatment and prevention strategies are sim-
ilar to Trichuris. Capillaria spp. do not infect humans.

Trichuris spp.

Morphology. Sheep and goats are susceptible to infection
with Trichuris discolor, T. ovis, and T. skrjabini. The esoph-
agus is of the stichosome type, and runs three-fourths the
length of the worm. The neck resembles a whip, while the
posterior region is broad. Adult male worms have a curled
tail while that of the female is blunt. Species are differenti-
ated by reproductive morphology. Trichuris ovis has a
spicule greater than 5 mm in length. In contrast, the
spicule of T. discolor measures less than 3.1 mm long and
the spicule of T. skrjabini measures less than 1.6 mm long.
The vulva of T. discolor is not everted nor are there spines
on the vulva, while the vulva of T. ovis is everted, measures
50 µ to 100 µ wide, and bears papilla-like spines. Lastly,
the everted vulva of T. skrjabini is narrower and the spines
are acutely pointed112. The eggs are barrel-shaped and yel-
low to brown with a plug in each end.

Hosts. Trichuris are found in the cecum and colon of
wild and domestic ruminants, including sheep and goats.
However, worms are rarely speciated. Thus, information
concerning host specificity and distribution of worm
species is lacking.

Life Cycle. The life cycle is direct. Eggs are passed in the
feces and embryonate in the environment in one to two
months. The eggs of Trichuris are resistant to the environ-
ment and are viable several years after being passed. Eggs
hatch, releasing larvae that enter the glands of the cecal
mucosa where they remain during development. The adults
lie on the mucosal surface with the esophagus embedded in
the mucosa. The prepatent period is approximately 12 weeks.

Pathologic Effects and Clinical Disease. Intestinal
mucosal damage results from the frequent movement of
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large numbers of worms. While sheep and goats seldom
develop clinical signs, sloughed mucosa containing blood
and mucus may occasionally be observed in the feces.
Diarrhea, weight loss, and anorexia may also occur follow-
ing massive exposure in sheep113.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the characteristic eggs in the feces. Speciation
requires recovery of adult worms. All of the currently used
anthelmintics have some effect against the worm. How-
ever, the efficacy may not be as good against immature
worms so repeated treatment may be necessary. Whip-
worm eggs persist in the environment. Disinfectants are of
little if any value so steam or flame may be necessary to kill
eggs. Treatment and quarantine of newly arrived animals
may aid in the control of the infection. Research animals
should be housed indoors or on dry lot, with frequent
removal of feces.

Public Health Considerations. Trichuris spp. from
ruminants are not infectious to humans.

ARTHROPODS

The biology and general morphology of the arthropods is
presented in Chapter 6, Biology of Arthropods. The inter-
ested reader is directed to that material for more in-depth
coverage.

Class Insecta

Order Diptera (flies)

Family Calliphoridae
Blowflies, fleece flies, and screwworms in the family
Calliphoridae, and in the genera Calliphora, Chrysomya,
Cochliomyia, Lucilia, and Phormia, may parasitize sheep
and goats. Other animals may also be affected. The New
World screwworm, Cochliomyia hominivorax, and the Old
World screwworm, Chrysomya bezziana, deposit eggs on
healthy tissue, while other Calliphorid flies deposit eggs on
decomposing carcasses, soiled fleece, or devitalized tissues.
Screwworm and primary blowfly (Lucilia, Phormia, and
Calliphora) larvae invade soft tissue (myiasis) with the aid of
mouth hooks. The larvae produce proteolytic enzymes that
liquefy damaged tissues. Secondary blowflies (Calliphora,
Chrysomya, and Cochliomyia macellaria) only attack areas
previously damaged, causing lesions to extend into the
body59. Bacterial septicemia, toxemia, and liquefaction of
tissues occur. Young animals may be killed by invasion of
the abdominal cavity by screwworm larvae.
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The damage caused by screwworms is further
complicated by secondary myiasis because the wound
attracts other flies. Affected sheep usually withdraw from
the flock, stamp their feet, and smack their lips. The ani-
mals become anorexic and depressed. A characteristic foul
odor emanates from the lesions. Parting the fleece reveals
the maggots in and on the tissues. The portion of the body
routinely “struck” or “blown” is where moisture from
urine, feces, or excessive rainfall has led to fermentation of
the wool (woolrot), which attracts flies, though wool rot is
not necessary for screwworm strike.

Infested sheep may be treated by removing the wool
from the affected area. Applying topical insecticides with
residual activity, such as diazinon, cypermethrin, or
deltamethrin, kills the maggots and protects against further
strikes. Applying products that contain pine tar blocks the
odor of wounds, thereby reducing the attraction for flies.

Regular full body shearing or crutching of areas where
moisture is likely to be retained, and selecting animals that
have fewer skin folds in areas subject to moisture from
feces or urine, lowers the incidence of fly strike, except for
that of screwworms. Applying residual insecticides or
insect growth regulators to sheep may be essential in some
areas59. Prompt disposal of carcasses reduces the number of
adult flies in the environment. Treating or preventing diar-
rheal diseases creates a less desirable ovipositing medium.
Fly maggots may also infest humans; however, contact
with infested sheep or goats are not direct sources of infes-
tation to humans.

Family Ceratopogonidae
Biting gnats of the genus Culicoides commonly attack
sheep, goats, and other warm-blooded animals. Gnats
cause annoyance and in some host species are associated
with bite hypersensivity. Bluetongue virus may be trans-
mitted to small ruminants through the feeding activity of
Culicoides. Because the flies usually feed during crepuscular
periods, placing animals in a stable during these times
inhibits the feeding activity. Screens must have a very fine
mesh because the gnats pass through mosquito netting.
Pyrethroids have some insecticidal and repellant activities.
Culicoides readily feed on humans.

Family Culicidae
Sheep and goats are susceptible to blood feeding by mos-
quitoes in the genera Aedes, Anopheles, Culex, Mansonia,
and others. Mosquitoes feed on all mammals, reptiles, and
birds. Some hosts may be preferred by certain species but
most are opportunistic feeders. In sheep and goats they are
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nuisance feeders and may cause considerable vexation.
They are important vectors of a number of disease agents
in some hosts. Taxonomic keys are useful for identifying
species of adult or immature mosquitoes. Screening mos-
quitoes out of buildings and regularly cleaning water
troughs prevents mosquitoes from completing the life
cycle within the building. Mosquitoes are vectors for sev-
eral very important human diseases but none are transmit-
ted though feeding on sheep or goats.

Family Hippoboscidae
The sheep ked, Melophagus ovinus, is a brown, hairy, wing-
less fly that measures approximately 5 mm in length. It has
a short, broad head and body and six legs, discounting the
other common name “sheep tick.” The sheep ked is an
obligate permanent parasite of sheep. The female deposits
a single larva, which pupates on the host immediately. The
pupa adheres to wool and the adults emerge in approxi-
mately three weeks. Both sexes suck blood. The female
only produces a single larva every 10 to 12 days, with a
total lifetime production of about 15 larvae. Thus, ked
populations increase more slowly than those of other flies.
The stercorarian Trypanosoma melophagum is transmitted
when sheep ingest infested keds. Clinical signs of ked
infestation include anemia, loss of condition, and irrita-
tion, which causes rubbing and wool loss. Populations of
M. ovinus build up during the winter, and then decline
with spring shearing. Treating with insecticides following
shearing is effective. Newly arriving sheep should be
treated prior to release into the flock. Sheep keds do not
feed on humans.

Family Muscidae
Muscoid flies are common pests of sheep, goats, and other
animals. Important species include the housefly Musca
domestica, the face fly Musca autumnalis, the head fly
Hydrotaea irritans, the stable fly Stomoxys calcitrans, the
horn fly Haematobia irritans, and latrine flies in the genus
Fannia. Houseflies feed on secretions, especially those
emanating from wounds. The face fly prefers nasal and
ocular secretions of pastured livestock. The head fly feeds
on wounds and ocular secretions of sheep, cattle, and
horses in Europe. Stable flies preferentially feed on the ears
of dogs and the legs of livestock. Cattle are the preferred
hosts of horn flies, but they will feed on other livestock,
including sheep and goats.

The principal importance of these flies is as sources of
annoyance. However, mechanical transmission of bacteria
that cause keratoconjunctivitis may also be important in
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specific situations. Hydrotaea has rasps on the mouthparts,
which cause skin irritation that may lead to self-mutilation
of the heads of sheep. The bites of stable flies are extremely
annoying. Thus, feeding requires several minutes to com-
plete, with frequent interruptions to avoid the defensive
behaviors of the host. Widespread mechanical transmis-
sion of parasites such as Trypanosoma is possible.

Environmental sanitation is the preferred method of
control to prevent ovipositing. Composting organic waste
and using parasitoids114, entomopathogenic fungi115,
sodium bisulfate116, and juvenile hormone analogs17 may
lower the reproductive success of M. domestica. Sprays on
resting surfaces, traps, and sticky tapes lower the number
of adult flies117. Sheep and goats can be largely protected
from horn flies by separating them from cattle or pastures
formerly used by cattle. Pesticide resistance is common
among horn flies. Musca domestica is the primary annoy-
ance fly for humans throughout the world, though
humans are attractive hosts for stable flies as well. Horn
flies generally are not attracted to humans, but they may
bite on occasion. Muscoid flies serve as mechanical vectors
of bacteria, viruses, and protozoa that are infectious to
humans.

Family Oestridae
Sheep and goats may be infested with Oestrus ovis, the
sheep bot fly. The larvae are found in the cranial sinuses
and nasal passages. Adult flies rest on vertical surfaces near
sites of host congregation. Very little damage is associated
with migration of low numbers of larvae in the nasal pas-
sages. There may be sneezing and excessive nasal discharge.
If the “bot” dies in the sinuses, the breakdown of the larva
and subsequent bacterial proliferation may lead to menin-
gitis following lysis of the calvarium. Heavily infested ani-
mals may be unthrifty and become uncoordinated59. The
adult fly activity causes the sheep to stamp their feet and
mob up into a circle with their heads down and into the
center. Sheep become preoccupied with evading infesta-
tion when the flies are active.

Several products kill bot larvae, including nitroxynil,
rafoxinide, trichlorfon, and dichlorvos. However, dead
bots may become trapped in the nasal cavity or sinuses.
Ivermectin is extremely effective in controlling this para-
site, which has largely disappeared where the treatment has
been used as an anthelmintic. There are reports of humans
developing ocular infestations and conjunctivitis. Humans
working closely with small ruminants are at greater risk for
attack.
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Family Psychodidae
Vertebrates, including sheep and goats in semiarid areas of
the tropics and subtropics, are susceptible to attack by sand
flies. In the Old World, sand flies are in the genus Phle-
botomus. New World sand flies are in the genus Lutzomyia.
If the numbers are high enough they can annoy small
ruminants. Fine mesh screens and residual insecticides on
the walls of buildings where the adult fly rests prevent
entry of sand flies into animal facilities. Sand flies transmit
Leishmania spp. to humans.

Family Sarcophagidae
Flies in the family Sarcophagidae, including those in the
genera Sarcophaga and Wohlfartia, are referred to as “flesh
flies.” Larvae are deposited on damaged tissues or decaying
meat. Wohlfahrtia magnifica is a particular problem for
sheep in central Europe and Asia69. Larvae enter tissue
through wounds or mucous membranes. Tissue destruc-
tion occurs through the feeding activity of the flies. Insec-
ticides applied locally or systemically kill the larvae.
Infestations can be prevented by screening and using fly
repellants. Humans may be hosts for larval flesh flies.
Handling sheep or goats is not a source of the infestation.

Family Simuliidae
Sheep, goats, and other warm-blooded animals are suscep-
tible to attack by members of the genus Simulium, also
known as buffalo gnats or blackflies. The bites are vicious
and may result in petechial hemorrhages at feeding sites,
followed by edema of the face and head, leading to respira-
tory distress. Insecticides applied to breeding streams may
interrupt the mass emergence of flies. Repellants may be of
some value. Screens may slow them down, but they must
be very fine to exclude blackflies. Humans are a desirable
host and Simulium spp. transmits important agents such as
Onchocerca volvulus, the cause of “river blindness” in west
central Africa.

Family Tabanidae
The family Tabanidae includes horseflies in the genera
Hybomitra and Tabanus, and deerflies in the genera
Chrysops and Haematopota. Warm-blooded animals,
including sheep and goats, are suitable hosts. Larger host
species are most attractive and more avidly fed upon than
smaller hosts such as rodents. Adult female tabanids fly
long distances in search of a blood meal. They feed and lay
eggs every three or four days. They cause so much pain
when feeding that they are frequently interrupted, but
feeding continues until the fly is satiated.
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This style of feeding is very effective for the mechani-
cal transmission of several protozoan, bacterial, and viral
agents. Trypanosoma evansi and T. vivax are transmitted
efficiently by tabanids. The vexation caused by these flies
causes animals to abandon grazing or resting areas or hide
in brush if available. Because of the variety of places the
flies breed and their ability to fly long distances, control of
the immature flies is unlikely. Likewise, treating a host
with a repellant or insecticide is unlikely to prevent feed-
ing. Even if the fly dies as a result of its feeding behavior, it
has still caused vexation and has not prevented mechanical
transmission of agents. Flytraps placed on dark colored
panels and/or carbon dioxide attractants may be of some
value59. Humans are often a preferable host for Chrysops
and in some areas Tabanus also feeds on humans. The bites
are painful and the filarid nematode Loa loa is transmitted
to humans by tabanids in West Africa.

Order Phthiraptera

Suborder Anoplura
Linognathus spp. Morphology. Sheep and goats may
serve as hosts for several species of Linognathus, including
L. africanus, L. ovillus, L. pedalis, and L. stenopsis.
Linognathus are dark gray sucking lice with a long, narrow
head. The forelegs are smaller than the other two pairs,
which are similar in length. All legs possess a single claw.
The antennae have five segments. Adult lice measure 2
mm to 3 mm long. There is an expanded post-antennal
bulge in L. africanus, which is diagnostic for the species.

Hosts. Linognathus africanus, the blue louse, infests
sheep, goats, and deer. The foot louse, L. pedalis, infests the
hairy areas on the lower legs of sheep. Linognathus ovillus,
the face louse or sheep sucking louse, is generally found on
the hairy portion of the face of sheep but will move to the
rest of the body. The goat sucking louse, L. stenopsis, is
found on goats but has been reported on sheep as well118.

Life Cycle. The eggs are attached to a single or several
hairs and hatch after an incubation period of one to two
weeks. Development through the nymphal instars takes
approximately three weeks. The female lays, on average,
one egg per day.

Pathologic Effects and Clinical Disease. Sucking
lice cause anemia and dermatitis. Populations of the body
lice, L. africanus and L. stenopsis, are more likely to reach
clinically significant levels. The face louse may invade
other portions of the body but is not often found in suffi-
cient numbers to induce dissemination. Death losses due
to exsanguination have been reported with L. africanus119.
Clinical signs of heavy infestation include anemia and
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pruritus, with wool slipping from the skin due to self-
mutilation. In general, infestations of small ruminants
with chewing lice are more pathogenic than infestations
with sucking lice.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying lice based on morphologic features. Treat-
ment consists of shearing, followed by treatment with
insecticides a few weeks later when adequate wool has
regrown. Depending on the insecticide used, treatment
may have to be repeated twice at biweekly intervals to
expose the lice to insecticides when they are not in the egg.
Because of the effectiveness of ivermectin against cattle
sucking lice, it is presumed that ivermectin is effective in
sheep and goats but treatment must be repeated to affect
nymphs hatching after treatment.

Public Health Considerations. Lice are highly host
specific. With the exception of L. africanus, lice of sheep
and goats only survive for short periods when cross-infest-
ing the other host. Lice of sheep and goats do not become
established on humans.

Suborder Mallophaga
Bovicola spp. Morphology. Bovicola spp. are small lice
with broad heads and a single claw on the end of the legs.
They actively move about on the host. The immature lice
are similar to the adults except they are smaller. The eggs
(nits) are attached to wool or hair.

Hosts. Bovicola (Syn. Damalinia) ovis is the sheep bit-
ing louse or body louse. Bovicola (Syn. Damalinia) caprae
is the goat biting louse and occurs on all goats. Bovicola
limbatus (Syn. D. limbata), the Angora goat biting louse,
and B. (Syn. Damalinia) crassipes, the yellow louse, are
found only on Angora goats.

Life Cycle. Operculated eggs are attached to hair or
wool near the skin. Eggs hatch in seven to 14 days.
Nymphs feed on skin debris and undergo three molts to
the adult stage. The female begins depositing eggs about
35 days after infestation, and produces about one egg a day
for a life of about 35 days118.

Pathologic Effects and Clinical Disease. Heavy
louse infestation causes rubbing and disrupts feeding activ-
ities of the host. There may be matting of mohair because
the nits are attached to several hairs. Both sheep and goats
are likely to lose weight. Serum seeps from sites of louse
feeding and host rubbing. Both the quality and quantity of
wool are diminished due to the effects of B. ovis. All chew-
ing lice on Angora goats adversely affect mohair quality. A
condition known as “cockle,” which is a pelt defect, was
shown to be associated with the presence of B. ovis120.
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Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the louse. Treatment is similar to that
described for sucking lice. Wet wool is an impediment to
the lice and the number of lice is minimal under constant
moist conditions. Wetting the body of sheep infested by B.
ovis following shearing had a 95% or greater reduction in
louse numbers when compared to conventional insecti-
cides or organic compounds121.

Public Health Considerations. Lice are extremely
host specific and will not establish on humans.

Order Siphonaptera

Ctenocephalides felis
Morphology. Adult Ctenocephalides felis is dark brown,
move laterally compressed, and rapidly through the host
pelage. The hind limbs are much longer than the anterior
legs, hence the flea’s tremendous ability to jump. Cteno-
cephalides have genal and pronotal combs. The larvae are
hairy, maggot-like creatures and the cocoon is wooly with
detritus adhered to it.

Hosts. Cats and dogs are the favored hosts but other
animals, including kids and lambs, are frequently infested
when confined where barn cats or dogs frequent.

Life Cycle. The eggs are laid on the host but usually
fall off into the environment, where they hatch in days to
weeks. The larva feeds on organic material, including adult
flea feces. The larva molts twice, spins a cocoon, and
pupates. Development is temperature-dependent and may
occur in as little as three weeks under favorable conditions.
The flea leaves the puparium in response to vibrations and
jumps onto a passing host. The larva remains on the host,
feeding intermittently. The female produces an average of
27 eggs per day and may produce eggs for 100 days.

Pathologic Effects and Clinical Disease. Young ani-
mals raised in stables where cats are present may be
exposed to tremendous numbers of fleas, resulting in infes-
tations heavy enough to cause exsanguination168. Because
the environment off the host is suitable for larval develop-
ment and young ruminants are not efficient groomers, the
number of fleas can become tremendous. Because the
young are most heavily infested they develop the most
marked clinical signs. It is unknown whether this is due to
the development of a hypersensivity reaction which limits
flea feeding or because older animals are more likely to
escape severe infestation.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying dark brown, laterally compressed insects that
move rapidly through the host pelage. Pesticides effective
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against fleas in pets should be effective, but the major emphasis
should be placed on removing bedding, using growth
regulators, and excluding cats and dogs from the premises.

Public Health Considerations. While humans are
not a preferred host, newly emerged fleas will avidly feed
on them.

Class Arachnida

Ticks

Family Argasidae
Ornithodoros spp. Morphology. Ornithodoros are large,
soft ticks. The species of importance include O. coriaceus,
O. lahorensis, O. moubata, O. savignyi, O. talaje, and 
O. turicata.

Hosts. Ornithodoros ticks are indiscriminate feeders
in the geographic area in which each species is found. They
readily feed on sheep and goats. Ornithodoros coriaceus, 
O. talaje, and O. turicata are found in North America; 
O. lahorensis and O. savignyi are found in Eastern Europe
and Asia; and O. moubata is found in Africa.

Life Cycle. Ornithodoros spp. feed for short time peri-
ods, typically at night, and then leave the host and hide in
resting areas such as buildings, under trees, etc. All stages
feed for 15 to 30 minutes at a time17,122. The females
deposit eggs after each feeding and may continue feeding
and egg deposition for up to two years.

Pathologic Effects and Clinical Disease.
Ornithodoros are known to transmit Coxiella burnetti, the
agent of Q fever. Ornithodoros lahorensis has been impli-
cated in the transmission of Theileria ovis and Anaplasma
ovis to goats. The genus has also been implicated in tick
paralysis and tick worry in sheep69. Because the ticks are
night feeders and not readily detected, they frequently go
undetected as causes of anemia and loss of condition.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding ticks near resting places such as in animal bur-
rows, under rocks or vegetation, or on the walls of build-
ings that house sheep and goats. Macrolides readily kill
Ornithodoros ticks. Pyrethroids or amitraz may have some
value in preventing the ticks from feeding. Identifying the
areas where the ticks rest between meals may allow for area
treatment of the environment123.

Public Health Considerations. Ornithodoros ticks
are the primary agents for the transmission of relapsing
fevers to humans. Handling sheep or goats does not place
animal workers directly at risk for disease, but ticks may
serve as vectors to infect personnel.
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Otobius megnini. Morphology. Otobius megnini, the spin-
ose ear tick, has a white, teardrop-shaped larval stage measur-
ing 2 mm to 3 mm long, and possesses six tiny legs. The
nymphal stages are gray, up to 10 mm in length, with a very
spiny cuticle, and the eight legs are easily seen. Only larvae
and nymphs are parasitic because the adults live off the host
in a protected area where they produce eggs.

Hosts. Mammals, including sheep and goats, are suit-
able hosts. Some avian species may also become infested. The
ticks live deep in the ear canal of animals in North and South
America, India, and southern Africa. Sheep are commonly
infested in some geographic areas.

Life Cycle. Adult ticks are free living in protected
places such as barns and corrals or under stones where live-
stock rest. The female produces 500 to 600 eggs over a
period of up to six months and then dies. The eggs hatch
in three to eight weeks and the larvae are infective but may
remain unfed for several months. They enter the ear canal
and feed on lymph for five to 10 days before molting to the
nymphal stage, which feeds intermittently on blood for
one to seven months. The nymph drops off the host and
seeks shelter for molting and reproduction69.

Pathologic Effects and Clinical Disease. Develop-
ment of clinical acariasis depends on parasite numbers.
Although they suck blood and cause irritation, secondary
bacterial infection is perhaps the most important feature of
infestation. Head shaking, ear rubbing, and other signs of
otitis externa are seen in heavily infested animals.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding larvae or nymphs in the ear canal. Diagnosis may
be aided by the use of an otoscope. Mechanical removal of
the ticks and treatment of secondary bacterial infection are
effective. Ear tags impregnated with acaricides should
help prevent infestation. Instillation of pesticidal eardrops
facilitates both treatment and prevention.

Public Health Considerations. Otobius megnini will
infest human ears. Thus, animal workers should exercise
caution when working around potentially infested sheep
and goats.

Family Ixodidae
Amblyomma spp. Morphology, Hosts, and Life Cycle.
Amblyomma are ornate ticks with long mouthparts, eyes, and
festoons. Species of Amblyomma known to infest sheep and
goats include A. americanum, A. cajennense, A. hebraeum,
A. maculatum, A. pomposum, and A. variegatum. The species
are generally geographically limited, with A. americanum
restricted to North America, A. maculatum and A. cajennense
in South and North America, and A. hebraeum and 
A. pomposum in Africa. Amblyomma variegatum was once only
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found in tropical Africa but has now established in the
Caribbean124.

Pathologic Effects and Clinical Disease. Several
Amblyomma spp. are the vectors of Ehrlichia (Cowdria)
ruminantium, the agent of heartwater, which has the capac-
ity to kill most animals fully susceptible to the infection125.
In addition, Rickettsia rickettsii (Rocky Mountain spotted
fever), Borrelia lonestari (Master’s disease), Dermatophilus
congolensis (lumpy wool disease) and Franciscella tularensis
(tularemia) are transmitted by Amblyomma spp. The bites
are vicious and secondary infections and self-trauma may
occur. Tick worry caused by these vicious biters may cause
sheep and goats to lose weight. Breaking of the ear cartilage
may be associated with A. maculatum. Dermatophilosis in
sheep and goats is often associated with the feeding activities
of Amblyomma spp. Tick paralysis has been described with
Amblyomma.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the characteristic ticks on the host. Tick
sprays and dips may help control infestations on animals.
Using ear tags impregnated with an acaracide may control
Amblyomma maculatum, an ear tick. However, the season-
ality of the particular species and the effectiveness of vari-
ous acaricides may vary considerably. No one program is
universally effective. Sheep and goats entering a laboratory
animal facility from a tick endemic area should be dipped.

Public Health Considerations. Several agents are
transmitted to humans by Amblyomma ticks. However,
handling sheep and goats should not transmit these agents.
Plucking an engorged tick off the body of any host with
bare hands may result in contamination of small lesions on
the hands with coxal fluids, which may be rich in some
infectious agents.

Dermacentor spp. Morphology, Hosts, and Life Cycle.
Most Dermacentor are ornate and have short mouthparts,
eyes, and festoons. Ticks in the genus Dermacentor are
indiscriminate feeders, and readily infest sheep and goats.
The larvae tend to feed on smaller hosts while adult ticks
prefer larger mammals. Dermacentor andersoni, D. albipictus,
D. occidentalis, and D. variablis are North American species.
Dermacentor reticulatus and D. marginatus are northern
European and Asian species. All are three-host ticks except
D. albipictus, the “winter tick,” which is a one-host tick
that tends to feed on larger mammals. The life cycle of
Dermacentor is described in Chapter 6, Biology of Arthro-
pods.

Pathologic Effects and Clinical Disease. Infestation
by Dermacentor may result in tick paralysis.
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Diagnosis, Treatment, and Prevention. Identifica-
tion of adult ticks is done by the use of keys specific for a
geographic region. Tick sprays and dips may help control
infestations on animals. However, the seasonality of the
particular species and the effectiveness of various acaricides
may vary considerably. No one program is universally
effective. Sheep and goats entering a laboratory animal
facility from a tick endemic area should be dipped.

Public Health Considerations. Several agents are
transmitted to humans by Dermacentor ticks. However,
handling sheep and goats should not transmit these agents.
Plucking an engorged tick off the body of any host with bare
hands may result in contamination of small lesions on the
hands with coxal fluids, which may have agents such as
Rickettsia rickettsii, the agent of Rocky Mountain Spotted
Fever.

Haemaphysalis spp. Haemaphysalis spp. are inornate ticks
with short mouthparts and festoons, but lack eyes. There
are lateral projections on the second segment of the palps.
While most Haemaphysalis are host specific, some are indis-
criminate feeders. Haemaphysalis punctata is a parasite of
livestock in Europe, Asia, and northern Africa. Haema-
physalis longicornis is primarily a cattle tick in eastern Asia
and Australia, as is H. bispinosa in New Zealand. The life
cycle is presented in Chapter 6, Biology of Arthropods.
Haemaphysalis may cause tick worry when large numbers
are present. Babesia motasi and Theileria ovis are transmit-
ted to sheep by H. punctata. Diagnosis, treatment, preven-
tion, and public health considerations are as described for
Dermacentor.

Hyalomma spp. Hyalomma are usually inornate ticks with
banded legs, long mouthparts, and eyes. Some species have
festoons. The males have adanal shields. Larvae and
nymphs usually feed on small mammals and birds and
adults feed on larger grazing animals. Sheep and goats are
suitable hosts in Asia, southern Europe, and Africa. The
life cycle is presented in Chapter 6, Biology of Arthropods.
Infestation with Hyalomma results in tick toxicosis charac-
terized by mucous membrane hyperemia and moist
eczema. Diagnosis, treatment, prevention, and public
health considerations are as described for Dermacentor.

Ixodes spp. Ticks of the genus Ixodes are ornate and possess
long mouthparts. A taxonomic key to the genus is a groove
that curves in front of the anus. Many Ixodes are host spe-
cific; others readily feed on sheep and/or goats. Ixodes rici-
nus is commonly found on sheep in northern Europe. A
similar species, I. persulcatus, occurs in eastern Europe and
northern Asia. The North American species include I.
scapularis and I. pacificus. Ixodes rubicundus is found in
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southern Africa and I. holocyclus is found in Australia. The
life cycle is presented in Chapter 6, Biology of Arthropods.
Heavy infestation with Ixodes causes tick worry and anemia.
Some species, including I. holocyclus and I. rubicundus, also
cause tick paralysis. Ixodes sp. transmits louping ill virus,
Ehrlichia phagocytophillia is the agent of tick borne fever, and
Staphylococcus aureus causes tick pyemia in sheep. Diagnosis,
treatment, prevention, and public health considerations are
as described for Dermacentor.

Rhipicephalus spp. Rhipicephalus are inornate ticks with
short mouthparts, eyes, and festoons. The basis capitulum
is hexagonal and coxa I has two long, equal spurs. The
male has adanal shields. Rhipicephalus are found primarily
on grazing animals in sub-Saharan Africa. Rhipicephalus
bursa is found in southern Europe and Africa. In Africa, 
R. sanguineus feeds on a wide range of hosts but elsewhere
it is almost exclusively a dog tick and is perhaps the most
widespread tick species. The life cycle is presented in
Chapter 6, Biology of Arthropods. Rhipicephalus are the
vectors of several pathogens, including the viruses causing
Nairobi sheep disease and louping ill, as well as Babesia
ovis, Borrelia theileri, Coxiella burnetti, Rickettsia conorii,
Theileria ovis, and others126. Rhipicephalus often attaches
on the ears and under the tail of the host. It may cause tick
worry, damage to the pinnae, and tick toxicosis when present
in large numbers. The primary importance is its ability to
transmit a number of important disease-causing agents.
Diagnosis, treatment, prevention, and public health con-
siderations are as described for Dermacentor.

Mites

Suborder Astigmata
Chorioptes spp. Morphology, Hosts, and Life Cycle.
Chorioptes are oval mites measuring 250 µ to 600 µ long,
with all legs extending beyond the body wall. They have
rounded mouthparts with a short pellicle and cup-shaped
suckers on the tarsus of the forelegs (Figure. 20.3).

Hosts and Life Cycle. The mites are found on cattle,
horses, sheep, and goats. The mites are on the legs but may
also infest the scrotum and body of individual animals.
Strains of the mite appear to be specific to the host127.
Chorioptes lives and feeds on the skin surface. The develop-
ment from egg through adult takes approximately 10 days.

Pathologic Effects and Clinical Disease. Scrotal
mange can reduce ram fertility127. Affected goats develop
lameness due to foot mange, and severe scrotal lesions.
Clinical signs are seldom seen, even though prevalence may
be high.

Diagnosis, Treatment, and Prevention. Diagnosis is
by finding the characteristic mite associated with skin
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lesions. However, skin scraping is often unrewarding127.
Doramectin administered at 300 µg/kg is effective against
scrotal chorioptic mange128. Single-dip treatment with
fenvalerate eliminates the infestation129. Prophylactic
treatment for Chorioptes prevents the appearance of chori-
optic mange.

Public Health Considerations. Chorioptes does not
infest humans.

Psoroptes spp. Morphology, Hosts, and Life Cycle.
Psoroptes are oval mites measuring 750 mm long, with all
legs extending beyond the body wall. They have pointed
mouthparts and jointed bell stalks with suckers on the tar-
sus of most legs (Figure 20.4). Strains of Psoroptes are mod-
erately host-specific. Psoroptes ovis occurs on sheep and
cattle, while P. cuniculi occurs in the ears of rabbits, horses,
and goats. The reader is directed to Chapter 15, Parasites
of Rabbits, for additional information.

Pathologic Effects and Clinical Disease. Psoroptes
ovis causes sheep scab. Vesicles form at the sites of mite
feeding; these rupture and release serous exudate, then
form scabs. Mites may be found at the margins of the
inflamed lesions. Affected sheep are intensely pruritic and
expend considerable time and energy attempting to relieve
pruritus, even at the expense of feeding. Thus, affected ani-
mals lose condition. Wool loss may result in hypothermia
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in cold environmental conditions. In time, individuals
may recover and either completely eliminate the infesta-
tion or retain a few mites at sites on the head130. Goats
infested with P. cuniculi shake their heads and scratch their
ears. A few individuals may have ear scabs131.

Diagnosis, Treatment, and Prevention. A tentative
diagnosis is based on the onset of clinical signs during colder
seasons, and a history of recent introductions of animals into
the flock prior to the onset of signs. A superficial scraping at
the edge of the lesion reveals the mites. The scabby material
may be cleared with 10% potassium hydroxide. Dipping
twice with organophosphates or pyrethroids may eliminate
the infestation132. However, two treatments with injectable
ivermectin administered 10 days apart or a single injection of
moxidectin133 or doramectin134 are also effective. The pro-
phylactic use of moxidectin or plunge dipping in the autumn
appears to be effective in controlling sheep scab under field
conditions in endemic areas. Treating incoming animals that
may be infested before they are introduced to the flock is
essential.

Public Health Considerations. Psoroptes mites do
not survive on humans.

Sarcoptes scabiei. The reader is referred to Chapter 15,
Parasites of Rabbits, for information on the biology of S.
scabiei. Briefly, S. scabiei is round and measures 300 µ to
400 µ long. The two front pairs of legs project beyond the
body. There are triangular scales on the dorsum and long,

Fig. 20.3 Adult Chorioptes spp. (Inset) Tarsus with short pellicle and
large, cup-shaped sucker. Courtesy of Catherine G. Wade.

Fig. 20.4 Adult Psoroptes spp. (Inset) Tarsus with jointed stalk and
small sucker. Courtesy of Catherine G. Wade.
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unjointed bell stalks on the forelimbs (Figure 20.5). Sar-
coptes scabiei infests most mammalian species, including
sheep and goats. Strains are host specific. Sarcoptic mange
is intensely pruritic. Infested sheep and goats expend con-
siderable time and energy attempting to relieve pruritus,
even at the expense of feeding. Thus, affected animals lose
condition. The infestation is found in the wool-free areas
of affected sheep. Affected goats develop a thickening of
the skin, especially on the face and ears, and the condition
causes considerable self-mutilation. Ivermectin and related
compounds effectively treat sarcoptic mange when admin-
istered twice, one week apart135. Sarcoptes scabei infests
humans, though the strains found on sheep or goats do not
persist on people.

Suborder Mesostigmata
Raillietia spp. Raillietia are mites measuring 1 mm long.
The mouthparts are prominent and the legs are long.
Raillietia are found deep in the ear canals of goats.
Raillietia caprae is found in North and South America and
R. manfredi is found in Australia. Raillietia auris normally
infests cattle but has been reported in sheep136. The female
is ovoviviparous. The larvae are active but the nymphal
stages are nonfeeding and quickly mature to the adult
stage. The mechanisms of transmission remain unknown.
Raillietia mites are considered commensual on goats and
sheep. However, sheep infested with R. auris may develop
otitis media122,137. Diagnosis is by finding mites in the ear
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canal. Instilling acaricides into the ear canal removes mites.
Raillietia are not known to infest humans.

Suborder Prostigmata
Demodex spp. Morphology, Hosts, and Life Cycle.
Information on Demodex mites is presented in Chapter 6,
Biology of Arthropods, and Chapter 17, Parasites of Dogs.
Demodex are very host specific. Demodex ovis is found in
the hair follicles of the face of sheep and D. caprae is found
in skin nodules on the face and neck, and occasionally
elsewhere on the body of goats.

Pathologic Effects and Clinical Disease. Infesta-
tions of sheep with Demodex are typically asymptomatic.
Infested goats develop nodules up to 2 cm in diameter that
are filled with mites and debris. Nodule formation does
not seem to cause any distress to goats but may result in
downgrading of hides.

Diagnosis, Treatment, and Prevention. Diagnosis is
by expressing the nodules and recovering mites. Demodex
mites are considered commensals. Treatment is rarely war-
ranted or effective. Demodex-free goats may be produced
by cesarean rederivation or removal from the dam at birth.

Public Health Considerations. Humans are not sus-
ceptible to infestation with Demodex from sheep and goats.

Grain itch mites and Forage mites. Morphology. Grain
itch mites (Pyemotes tritici) and forage mites (Acarus fari-
nae and Caloglyphus herlesei) belong to the family Pyemoti-
dae. Grain itch and forage mites are small mites with
elongate bodies, reduced mouthparts, and stylet-like chele-
cerae. Gravid females contain hundreds of eggs that con-
tain developing mites.

Hosts and Life Cycle. Grain itch and forage mites
prey on insect larvae. They only contact mammalian hosts
when there are large numbers in stored feed and they have
no natural hosts to attack. Development from larva to
adult occurs in the eggs, which hatch while still within the
uterus of the female. Male mites emerge first and mate
with the females as they emerge from the genital orifice of
the dam. The fertilized females then seek a larval insect on
which they feed.

Pathologic Effects and Clinical Disease. The bites
produce wheals and papules, which cause intense pruritus,
often after the mites have left the host. Lesions are more
common on the face and limbs of sheep and goats138.

Diagnosis, Treatment, and Prevention. Diagnosis is
by collection of mites from feed or bedding, using a
Berlese funnel. Specimens should be sent to specialists for
specific diagnosis. However, pustules or wheals on the face

Fig. 20.5 Adult Sarcoptes scabiei. (Inset) Tarsus with unjointed stalk
and small sucker. Courtesy of Catherine G. Wade.
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and legs of sheep and goats in confinement are strongly
suggestive of infestation by grain itch or forage mites.
Removal of infested feed or bedding eliminates the infesta-
tion. There is no specific treatment for the bite lesions

Public Health Considerations. Humans may be
attacked by forage mites and will exhibit the same signs as
livestock. The infestation is acquired by handling the forage.

Psorergates ovis. Psorergates ovis is an extremely small,
nearly spherical mite, measuring only 170 µ to 190 µ long
by 120 µ to 160 µ wide. The legs are separated equally
along each side and have two pairs of claws on the tarsus of
each leg. Sheep, especially fine wool breeds, are the hosts of
P. ovis. It has been found in Australia, New Zealand, North
and South America, and southern Africa. The mite was
eradicated from the United States.

The entire life cycle occurs on the host, with very slow
movement of mites over the body. Transmission occurs by
direct contact, and only during the period shortly follow-
ing shearing. From egg, larva, and three nymphal stages to
adult, the life cycle is approximately six weeks. Skin irrita-
tion and thickening along with fleece derangement due to
rubbing are seen with infestations of P. ovis. The “itch
mite” causes considerable self-mutilation. The fleece may
become matted and scurfy59,139. Diagnosis is by deep
skin scraping along the shorn lateral top line or the bare
areas medial to the legs. Other ectoparasites such as lice
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and other mites, and diseases such as scrapie, must be
considered in a differential diagnosis. Amitraz is of some
value in the treatment of itch mite59. Excluding infested
sheep from the flock may prevent infestation of research
sheep. Suspect sheep should be scraped carefully to recover
mites. The sheep itch mite is not transmissible to humans.

Trombiculids. Trombiculids (chiggers, red bugs, harvest
mites) are discussed in Chapter 15, Parasites of Rabbits.
Sheep and/or goats are susceptible to attack by Trombicula
(Syn. Eutrombicula) spp., Leptotrombidium spp., and
Neotrombicula (Syn. Neoschoengastia) spp. Affected animals
become intensely pruritic as a result of the feeding behavior
of the mites. A stylostome forms at the feeding site; this is a
proliferation of epidermal and inflammatory cells forming
a raised wheal with a depressed center. The wheal tends to
itch for a week or more following formation. Chigger
attacks occur on pastureland or forested areas and are not
expected in confinement systems. One species, Trombicula
sarcina, causes a condition known as “blacksoil” or “leg
itch” in sheep in Queensland, Australia. The legs of infested
sheep swell and become scabby69. Sheep and goats used in
research should be housed away from infested grounds.
While insecticides may kill the mites, once feeding begins,
the reaction to the salivary secretions is inevitable. There-
fore, products with residual activity, such as pyrethroids or
amitraz, may provide some protection. Chiggers readily
feed on humans but tend not to move from host to host.
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TABLE 20.1 Parasites of sheep and goats—circulatory and lymphatic systems.

Geographic Location 
Parasite distribution Hosts in host Method of infection Pathologic effects Zoonosis Reference

Flagellates

Trypanosoma evansi Africa, Asia, Sheep, goats, Blood Mechanical transmission Lymphadenopathy, Not reported 6, 10
South America other mammals by blood-sucking flies splenomegaly, local 

swelling, edema
Trypanosoma brucei, Central Africa Sheep, goats, Blood Salivarian transmission Lymphadenopathy, T. brucei only 2, 10, 69

T congolense other mammals by tsetse fly (Glossina) splenomegaly, 
myocarditis, myositis, 
local swelling

Trypanosoma Americas Sheep Blood Stercorarian transmission None Not reported 10, 170
melophagium by sheep ked 

(Melophagus ovinus)
Trypanosoma theodori Israel Goats Blood Stercorarian transmission None Not reported 10

by goat ked (Lipotena 
caprina)

Trypanosoma vivax Central Africa, Sheep, goats, Blood Salivarian transmission Lymphadenopathy, Not reported 2, 10, 69
Central and other mammals by tsetse fly (Glossina); splenomegaly, 
South America mechanical transmission myocarditis, myositis, 

by Tabanids local swelling

Piroplasmids

Babesia capreoli, Africa, Asia, Europe Sheep, goats, deer Blood Transmitted by arthropod Anemia, Not reported 55, 56, 
B. motasi, B. ovis intermediate host (tick) hemoglobinuria 57, 173

Haematoxenus separatus Africa Sheep Blood Transmitted by arthropod None Not reported 190
intermediate host (tick)

Theileria hirca Eastern Europe, Sheep, goats Blood, lymph Transmitted by arthropod Lymphadenopathy, Not reported 173
Middle East, nodes intermediate host (tick) lymphocytolysis, 
North Africa mucosal hemorrhages, 

anemia, pulmonary 
edema

Theileria ovis Africa, Asia, Europe Sheep Blood, lymph Transmitted by arthropod None Not reported 173
nodes intermediate host (tick)

Trematodes

Schistosoma spp. Africa, Asia Sheep, goats, other Mesenteric veins, Skin penetration by Enteritis, hepatic Reported 143
ruminants, other veins, cercariae fibrosis, vasculitis
primates lung, liver

Ornithobilharzia Eurasia Sheep, goats, other Mesenteric veins Ingestion of intermediate Hepatic cirrhosis, Not reported 191
turkestanicum livestock, cats host (snail) intestinal nodules
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Nematodes

Filaroidea

Elaeophora schneideri Europe, Cervids, sheep Carotid artery, Transmitted by arthropod Dermatitis, ischemic Not reported 165, 166
North America internal intermediate host encephalitis

maxillary (tabanid flies)
artery

Onchocerca armillata Africa, Asia Sheep, goats, Aorta Unknown Aortic nodules, Not reported 194
cattle, equids aneurysms

Pentastomids

Linguatula serrata Worldwide Sheep, goats, rodents, Mesenteric Ingestion of eggs in nasal None Reported 169
lagomorphs lymph nodes discharge from definitive 

host (carnivore)
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TABLE 20.2 Parasites of sheep and goat—enterohepatic system.

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Flagellates

Callimastix frontalis Unknown Sheep, goats, Rumen Unknown None Not reported 10, 202
cattle

Chilomastix caprae Worldwide Goats Rumen Ingestion of cysts None None 10
passed in feces

Giardia duodenalis Worldwide Mammals Anterior small Ingestion of cysts Malabsorption Possible 13
intestine in feces

Moncercomonoides Unknown Goats Rumen Ingestion of organism None Not reported 10
caprae passed in feces

Retortamonas ovis North America Sheep, cattle Cecum Ingestion of cysts in feces None Not reported 10, 69
Tetratrichomonas ovis Worldwide Sheep Rumen Ingestion of trophozoite None Not reported 10

in feces

Amoebae

Entamoeba ovis Worldwide Sheep Intestine Ingestion of cysts in feces None Not reported 10

Coccidia

Cryptosporidium parvum Worldwide Sheep, goats, Small intestine Ingestion of sporulated Enteritis Reported 21, 22
other mammals oocyst

Eimeria caprovina North America Goats, sheep Intestine Ingestion of sporulated None Not reported 28
oocyst

Eimeria spp. Worldwide Goats Intestine Ingestion of sporulated Enteritis Not reported 33
oocyst

Eimeria spp. Worldwide Sheep Intestine Ingestion of sporulated Enteritis Not reported 29
oocyst

Ciliates

Dasytricha ruminantium Worldwide Sheep, goats, cattle Rumen, reticulum Ingestion None Not reported 10
Isotricha spp. Worldwide Sheep, goats, cattle Rumen, reticulum Ingestion None Not reported 10
Ophryoscolex spp. Worldwide Sheep, goats, cattle Rumen, reticulum Ingestion None Not reported 10

Trematodes

Calicophoron spp. Australasia, Sheep, cattle Rumen, reticulum Ingestion of metacercariae Immature stages: Not reported 69, 175
Africa on vegetation enteritis, 

Adult stage: none22
Ceylonocotyle spp. Africa, Sheep, cattle, Rumen, reticulum Ingestion of metacercariae Immature stages: Not reported 69, 176

Australasia antelopes on vegetation enteritis, 
Adult stage: none

Cotylophoron Worldwide Sheep, goats, cattle, Rumen, reticulum Ingestion of metacercariae Immature stages: Not reported 69, 177
cotylophorum other ruminants on vegetation enteritis, 

Adult stage: none
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Dicrocoelium Worldwide Sheep, goats, cattle, Bile ducts Ingestion of second Cholangitis, Reported 174
dendriticum, deer, lagomorphs, intermediate host (ant) hepatic 
D. hospes other mammals cirrhosis, 

fibrosis

Eurytrema pancreaticum Asia, eastern Sheep, goats, other Pancreatic ducts, Ingestion of second Ductal Reported 192
Europe, ruminants bile ducts, intermediate host inflammation, 
South America duodenum (grasshopper, cricket) fibrosis

Explanatum Asia Water buffalo, cattle, Bile ducts, Presumed ingestion of Cholangitis Not reported 140
(Gigantocotyle) sheep, goats gallbladder metacercariae
explanantum

Fasciola gigantica Worldwide Sheep, goats, other Bile ducts Ingestion of metacercariae Cholangitis Reported 69
ruminants on vegetation and in water

Fasciola hepatica Worldwide Sheep, goats, other Bile ducts Ingestion of metacercariae Cholangitis Reported 69
ruminants on vegetation

Fascioloides magna Europe, Deer, other cervids, Liver Ingestion of metacercariae Severe hepatic Not reported 69, 141
North America sheep, goats, cattle, on vegetation damage, fibrosis, 

horses hemorrhage, 
peritonitis

Ogmocotyle indica India Cattle, sheep, goats Rumen, reticulum, Unknown None Not reported 142
abomasum, 
duodenum

Ornithocoelium spp. Asia Sheep, cattle Rumen, reticulum Ingestion of metacercariae None Not reported 179
on vegetation

Parafasciolopsis Europe Wild goats, elk, deer Gallbladder Ingestion of intermediate Unknown Not reported 69
fasciolaemorpha host (snail)

Paramphistomum cervi Worldwide Sheep, goats, other Rumen, reticulum Ingestion of metacercariae Immature stages: Not reported 178
ruminants on vegetation enteritis, 

Adult stage: none
Paramphistomum Australasia Sheep, goats, other Rumen, reticulum Ingestion of metacercariae Immature stages: Not reported 64

ichikawai ruminants on vegetation enteritis, 
Adult stage: none

Platynosomum ariestes Brazil Sheep Intestine Unknown None Not reported 69

Cestodes

Larval

Echinococcus granulosus Worldwide Sheep, swine, Lung, liver Ingestion of egg in feces of Hydatid cyst Common 69
primates, other definitive host (dog)
mammals

Taenia hydatigena Worldwide Sheep, cattle, swine Liver, peritoneal Ingestion of egg in Hepatitis Not reported 146
cavity canine feces cysticercosa

(Continued)
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TABLE 20.2 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Adult

Avitellina centripunctata Africa, Asia, Sheep Small intestine Ingestion of intermediate None Not reported 69
Europe host (psocid)

Moniezia benedini Worldwide Cattle, other Small intestine Ingestion of intermediate None Not reported 69
ruminants host (oribatid mite)

Moniezia expansa Worldwide Sheep, goats, deer, Small intestine Ingestion of intermediate None Reported 69
antelopes host (oribatid mite)

Stilesia globipunctata Africa, Asia, Sheep, goats, cattle, Small intestine Ingestion of intermediate Enteritis, nodule Not reported 144
Europe other ruminants host (oribatid mite) formation

Stilesia hepatica Africa, Asia Sheep, goats, cattle, Bile ducts Ingestion of intermediate Cholangitis Not reported 145
wild ruminants host (oribatid mite)

Thysaniezia Africa, Asia, Sheep, goats, cattle Small intestine Ingestion of intermediate None Not reported 69
(Helictometra) giardi Europe, host (oribatid mite)

South America
Thysanosoma actinioides Americas Sheep, other Bile ducts, Ingestion of intermediate None Not reported 69

ruminants pancreatic duct, host (oribatid mite)
small intestine

Nematodes

Rhabditoidea

Strongyloides papillosus Worldwide Sheep, goats, other Small intestine Skin penetration or Dermatitis, enteritis Not reported 75
ruminants transmammary passage 

by infective larva

Ascaridoidea

Ascaris suum Worldwide Swine, sheep, cattle, Small intestine Ingestion of embryonated Liver spots, Reported 69
squirrels, dogs eggs pneumonia

Oxyuroidea

Skrjabinema ovis Worldwide Sheep, goats Colon Ingestion of None Not reported 180
embryonated eggs

Skrjabinema caprae North America Goats Colon Ingestion of None Not reported 193
embryonated eggs

Strongyloidea

Bunostomum Worldwide Sheep, goats Small intestine Skin penetration or Local dermatitis, Not reported 69
trigonocephalum ingestion of infective larva anemia, enteritis

Chabertia ovina Worldwide Sheep, goats, other Colon Ingestion of infective larva Hemorrhagic Not reported 181
ruminants enteritis, anemia
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Gaigeria pachyscelis Africa, Asia, Sheep, goats, Small intestine Skin penetration by Anemia, Not reported 69
South America antelopes infective larva hypoproteinemia, 

emaciation
Oesophagostomum Asia, Goats Large intestine Ingestion of infective larva Unknown Not reported 69

asperum Central America
Oesophagostomum Worldwide Sheep, goats, Colon Ingestion of infective larva Ulcerative Not reported 78, 79

columbianum camelids nodules, anemia
Oesophagostomum Africa Sheep, goats Large intestine Ingestion of infective larva Unknown Not reported 148

multifoliatum
Oesophagostomum Worldwide Sheep, goats, deer, Colon Ingestion of infective larva None Not reported 69

venulosum camelids

Trichostrongyloidea

Camelostrongylus Worldwide Sheep, goats, camels, Abomasum Ingestion of infective larva None Not reported 155
mentulatus antelopes

Cooperia curticei Australia, Britain, Sheep, goats, cattle, Small intestine Ingestion of infective larva Enteritis Not reported 161
North America camelids

Cooperia spp. Worldwide Cattle, sheep Small intestine Ingestion of infective larva None Not reported 69
Haemonchus contortus Worldwide Sheep, goats, other Abomasum Ingestion of infective larva Blood loss, anemia Reported 81

ruminants
Haemonchus spp. Worldwide Cattle, camelids, Abomasum Ingestion of infective larva None Not reported 69

sheep, goats
Marshallagia marshalli Eurasia, Sheep, goats, wild Abomasum, Ingestion of infective larva None Reported 156

North America ruminants duodenum
Mecistocirrus digitatus Asia, Central and Cattle, water buffalo, Abomasum Ingestion of infective larva Abomasitis, anemia Not reported 159, 160

South America sheep, goats
Nematodirella Eurasia, Wild ruminants, Small intestine Ingestion of infective larva None Not reported 66

longispiculata northern Europe sheep, goats
Nematodirus abnormalis Asia, Eurasia, Sheep, goats, Small intestine Ingestion of infective larva Enteritis Not reported 66, 162

North America camelids, wild 
ruminants

Nematodirus battus North America, Sheep Small intestine Ingestion of infective larva None Not reported 66, 183
northern Europe

Nematodirus fillicolis Worldwide Sheep, goats, cattle, Small intestine Ingestion of infective larva None Not reported 66, 162
cervids

Nematodirus helvetianus Europe, Cattle, sheep Small intestine Ingestion of infective larva None Not reported 66, 162
North America

Nematodirus spathiger Worldwide Sheep, cattle, other Small intestine Ingestion of infective larva Enteritis Not reported 66, 162
ruminants

Ostertagia spp. Africa, Asia, Sheep, goats Abomasum Ingestion of infective larva None Not reported 69, 154
Europe

Pseudostertagia bullosa North America Sheep, antelopes Abomasum Ingestion of infective larva None Not reported 157
Skrjabinagia spp. Europe, Middle Sheep Small intestine, Ingestion of infective larva None Not reported 69

East, abomasum
North Africa

(Continued)
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TABLE 20.2 (Continued)

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Spiculopteragia Eurasia Sheep, cervids Abomasum Ingestion of infective larva None Not reported 158
spiculoptera

Teladorsagia circumcincta Worldwide Sheep, goats, Abomasum Ingestion of infective larva Abomasal edema, Not reported 94
camelids, cervids, lymph node 
marmots, enlargement, 
lagomorphs hypoproteinemia

Trichostrongylus axei Worldwide Sheep, goats, other Abomasum Ingestion of infective larva Abomasal edema, Reported 98
ruminants, hyperplasia
horses, lagomorphs

Trichostrongylus capricola Eurasia, Sheep, goats, cervids, Small intestine Ingestion of infective larva None Reported 69
North America lagomorphs

Trichostrongylus Worldwide Sheep, goats, cattle, Small intestine, Ingestion of infective larva Enteritis Reported 152
colubriformis camels, antelopes, abomasum

lagomorphs, 
dogs, swine

Trichostrongylus Worldwide Sheep, goats, other Small intestine, Ingestion of infective larva Enteritis Reported 184
longispicularis ruminants, abomasum

lagomorphs, swine
Trichostrongylus Africa, Eurasia Sheep, goats, camels, Small intestine Ingestion of infective larva None Not reported 69

probolurus antelopes
Trichostrongylus Asia, Britain, Lagomorphs, goats Small intestine Ingestion of infective larva Enteritis Not reported 152

retortaeformis Europe
Trichostrongylus rugatus Africa, Australia Sheep, goats Small intestine Ingestion of infective larva None Not reported 108
Trichostrongylus vitrinus Worldwide Sheep, goats, cattle, Small intestine, Ingestion of infective larva Enteritis Reported 69

camels, antelopes, abomasum
lagomorphs, 
dogs, swine

Spiruroidea

Gongylonema spp. Worldwide Sheep, goats, other Rumen, esophagus, Ingestion of arthropod Esophagitis Reported 111
livestock, tongue intermediate host (beetle)
lagomorphs

Trichuroidea

Capillaria bovis, Worldwide Sheep, goats, other Small intestine Ingestion of None Not reported 187
C. longipes ruminants embryonated egg

Trichuris spp. Asia, Americas, Sheep, goats, other Cecum, colon Ingestion of Enteritis, blood loss Not reported 112
Europe ruminants embryonated egg
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TABLE 20.3 Parasites of sheep and goats—skin and connective tissue and musculoskeletal system.

Geographic Location Method of Pathologic 
Parasite distribution Hosts in host infection effects Zoonosis Reference

Coccidia

Besnoitia caprae Africa Goats Skin Ingestion of sporulated Hyperkeratosis Not reported 18, 19, 172
oocysts in feces of 
definitive host (felid)

Sarcocystis Worldwide Goats Muscle Ingestion of sporocyst in Variable anemia, Not reported 48
capracanis, feces of definitive host weight loss, 
S. hircicanis (canid) weakness, ataxia, 

paresis, myositis
Sarcocystis Worldwide Goats Muscle Ingestion of sporocyst in Variable anemia, Not reported 48

gigantea, feces of definitive weight loss, 
S. moulei host (felid) weakness, ataxia, 

paresis, myositis
Sarcocystis Worldwide Sheep Muscle Ingestion of sporocyst in Variable anemia, Not reported 48

arieticanis,  feces of definitive weight loss, 
S. mihoensis host (canid) weakness, ataxia, 

paresis, myositis
Sarcocystis tenella Worldwide Sheep Muscle Ingestion of sporocyst in Anemia, ataxia or Not reported 48

feces of definitive host paresis, myositis, 
(canid) abortion

Sarcocystis Worldwide Sheep Muscle Ingestion of sporocyst in Variable anemia, Not reported 48
medusiformis feces  of definitive weight loss, 

host (felid) weakness, ataxia, 
paresis, myositis

Cestodes

Larval

Taenia ovis Worldwide Sheep Muscle Ingestion of egg in None Not reported 146
canine feces

Nematodes

Filaroidea

Onchocerca Africa, Asia Sheep, goats, Skin of withers, Unknown Dermatitis Not reported 194
armillata cattle, equids neck, umbilical

area

Arthropods

Diptera (flies)

Calliphoridae Worldwide Sheep, goats, other Skin wounds Eggs deposited by Dermal myiasis, Reported 69
mammals, birds female fly fetid skin wounds
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TABLE 20.3 (Continued)

Geographic Location Method of Pathologic 
Parasite distribution Hosts in host infection effects Zoonosis Reference

Ceratopogonidae Worldwide Sheep, goats, other Skin Direct contact Irritation, pathogen Common 69
(midges) mammals, birds transmission

Ctenocephalides Worldwide Cats, dogs, sheep, goats, Skin Direct contact Anemia, dermatitis Common 168
felis other mammals

Culicidae Worldwide Sheep, goats, other Skin Direct contact Pruritus, local Common 69
(mosquitoes) terrestrial inflammation, 

vertebrates, birds pathogen 
transmission

Dermatobia Worldwide Humans, sheep, Skin Larva deposited by Subcutaneous cysts Common 69
hominis other blood-feeding 

mammals arthropod
Hypoderma spp. North America Cattle, sheep, horses Skin Direct contact Subcutaneous cysts Reported 69
Lipotena caprina Worldwide Goats Skin Direct contact Vector of Not reported 69

(ked) Trypanosoma 
theodori

Melophagus ovinus Worldwide Sheep Skin Direct contact Vector of Not reported 69
(ked) Trypanosoma 

melophagium
Muscidae (filth flies) Worldwide Sheep, goats, other Skin Direct contact Irritation, pathogen Common 69

mammals, birds transmission, 
myiasis

Przhevaliskiana silenus Mediterranean basin Goats Skin Direct contact Subcutaneous cysts Not reported 138
Psychodidae Worldwide Sheep, goats, other Skin Direct contact Pathogen Common 69

(sand flies) mammals, birds transmission
Sarcophagidae Worldwide Sheep, goats, other Skin wounds Larvae deposited by Dermal myiasis, fetid Reported 69

(flesh flies) mammals, birds female fly skin wounds
Simulidae (blackflies) Worldwide Sheep, goats, other Skin Direct contact Irritation, pathogen Common 69

mammals, birds transmission
Tabanidae Worldwide Sheep, goats, Skin Direct contact Painful bite, Common 69

(Horseflies, deerflies) other mammals irritation, pathogen 
transmission

Phthiraptera (lice)

Bovicola (Damalinia) Africa, Americas, Sheep, goats Skin Direct contact Debilitation Not reported 118, 188
spp. Australia

Linognathus spp. Worldwide Sheep, goats, deer Skin Direct contact Anemia, dermatitis Not reported 69

Siphonaptera (fleas)

Ctenocephalides spp. Worldwide Cats, dogs, sheep, Pelage, skin Direct contact Dermatitis, anemia Common 168
goats, other
mammals
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Vermipsylla spp. China, eastern Sheep, goats, other Pelage, skin Direct contact Unknown Not reported 69
Europe livestock

Ticks (Hard)

Amblyomma spp. Africa, Americas Sheep, goats, other Skin Direct contact Pathogen Common 69
mammals, birds transmission,

secondary bacterial
infections

Boophilus spp. Worldwide Cattle, sheep, goats, Skin Direct contact Pathogen Reported 69
other mammals transmission

Dermacentor spp. Asia, Europe, Sheep, goats, other Skin Direct contact Pathogen Common 69
North America mammals transmission,

secondary bacterial
infections

Haemaphysalis spp. Europe, Asia, Sheep, goats, other Skin Direct contact Pathogen transmission, Reported 69
northern Africa mammals, birds tick worry

Hyalomma spp. Africa, Asia, Sheep, goats, other Skin Direct contact Tick toxicosis Reported 69
Europe mammals, birds

Ixodes spp. Worldwide Sheep, goats, other Skin Direct contact Pathogen transmission, Common 69
mammals, birds tick worry

Rhipicephalus spp. Africa, Americas, Sheep, goats, other Skin Direct contact Tick toxicosis, Common 69
Europe mammals pathogen

transmission

Ticks (Soft)

Ornithodoros spp. Worldwide Sheep, goats, other Skin Direct contact Anemia, tick paralysis, Common 123
mammals pathogen 

transmission
Otobius megnini Africa, Americas, Sheep, goats, other Ears Direct contact Otitis externa Reported 69

India mammals

Mites

Astigmates

Chorioptes spp. Worldwide Sheep, goats, cattle, Skin Direct contact Mange Not reported 189
horses

Psoroptes cervinus US Wild sheep Ears Direct contact Dermatitis Not reported 196
Psoroptes cuniculi Worldwide Goats, rabbits, Ears Direct contact Dermatitis Not reported 131

horses
Psoroptes ovis Worldwide Sheep, cattle Skin Direct contact Dermatitis Not reported 130

(“Sheep scab”)
Sarcoptes scabiei Worldwide Sheep, goats, other Skin Direct contact Papular dermatitis, Common 195
var. ovis mammals self-inflicted trauma,

skin thickening,
emaciation, death

(Continued)
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TABLE 20.3 (Continued)

Geographic Location Method of Pathologic 
Parasite distribution Hosts in host infection effects Zoonosis Reference

Mesostigmates

Raillietia auris Australia, Europe, Sheep, cattle Ears Direct contact Otitis media Not reported 136
North America

Raillietia caprae Americas Goats Ears Direct contact None Not reported 197
Raillietia manfredi Australia Goats Ears Direct contact None Not reported 198

Prostigmates

Demodex spp. Worldwide Sheep, goats, other Hair follicles,  Direct contact Dermatitis Not reported 199
ruminants sebaceous glands

Grain itch mites and Worldwide Sheep, goats, other Skin of face, legs Direct contact with Wheals, papules Reported 69
forage mites mammals contaminated feed

Psorergates ovis Africa, Americas, Sheep Skin Direct contact Dermatitis Not reported 200
Australia, 
New Zealand

Trombiculids Worldwide Sheep, goats, other Skin Direct contact Dermatitis Common 201
mammals
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TABLE 20.4 Parasites of sheep and goats—central nervous, respiratory, and urogenital systems.

Geographic Location in
Parasite distribution Hosts host Method of infection Pathologic effects Zoonosis Reference

Amoebae

Balamuthia Asia, Americas Primates, sheep, Brain Inhalation into nasal Olfactory tract neuritis, Reported 16, 171
mandrillaris dogs sinuses skin ulceration

Coccidia

Neospora caninum Worldwide Sheep, goats, Central Ingestion of sporulated Bradyzoite cysts, Not reported 43, 44
other ruminants nervous oocyst in feces of abortion  
dogs, other system definitive host (dog),
mammals transplacental  

transmission
Toxoplasma gondii Worldwide Sheep, goats, Multiple Ingestion of sporulated Abortion Common 51

other mammals organs oocyst in feces of 
definitive host (cat)

Trematodes

Paragonimus Asia Goats, other Lungs, central Ingestion of crustacean Focal emphysema, Reported 69
westermanii mammals nervous intermediate host lung cysts

system (crab, crayfish)

Cestodes

Larval

Taenia multiceps Worldwide Sheep Brain, spinal Ingestion of egg in Circling, blindness, Not reported 147
cord canine feces paraplegia, 

hyperaesthesia

Leeches

Limnatis nilotica Europe, Sheep, other Pharynx, nasal Ingestion with  Anemia, cranial  Reported 69
North Africa mammals cavity contaminated water edema, dyspnea

Nematodes

Strongyloidea

Mammomonogamus Asia, Sheep, goats, Larynx Ingestion of Laryngeal ulcers Reported 149
laryngeus South America cattle, cervids infective larva

Mammomonogamus Africa, Asia, Sheep, goats, Nasal cavity Ingestion of Unknown Not reported 150
nasicola South America cattle, cervids infective larva

Trichostrongyloidea

Dictyocaulus filaria Worldwide Sheep, goats Trachea, Ingestion of Bronchitis, pneumonia Not reported 182
bronchi infective larva

(Continued)

685

3
4
4
4
2
 C
h
 2
0
 6
4
1
-
6
9
2
.
q
x
d
  3

/
2
8
/
0
7
  1

:
3
1
 P
M
  P

a
g
e
 6
8
5



TABLE 20.4 (Continued)

Geographic Location in
Parasite distribution Hosts host Method of infection Pathologic effects Zoonosis Reference

Metastrongyloidea

Cystocaulus Europe, Sheep and goats Lung Ingestion of intermediate Subpleural nodules Not reported 69
nigrescens Middle East host (snail)

Muellerius Worldwide Sheep, goats Lung Ingestion of intermediate Pulmonary nodules, Not reported 186
capillaris host (snail, slug) pneumonia

Neostrongylus Europe, Sheep, goats Lung Ingestion of intermediate None Not reported 153
linearis Middle East host (snail)

Parelaphostrongylus North America Deer, other Brain Ingestion of intermediate Meningitis Not reported 163, 164
tenuis cervids, sheep, host (snail)

goats
Protostrongylus spp. Worldwide Sheep, goats Lung Ingestion of intermediate Bronchiolar occlusion Not reported 109

host  (snail), 
transplacental 
transmission

Spiculocaulus spp. Eastern Europe Sheep, goats Lung Ingestion of intermediate Unknown Not reported 69
host (snail)

Varestrongylus Eastern Europe Sheep, goats, Lung Ingestion of intermediate Unknown Not reported 69
(Bicaulus) spp. cervids host (snail)

Spiruroidea

Thelazia Western US Deer, dogs, Conjunctival Transmitted by arthropod None Reported 69
californiensis sheep, cats sac intermediate host (fly)

Thelazia rhodesi Worldwide Cattle, sheep, Conjunctival Transmitted by arthropod None Not reported 69
goats sac intermediate host (fly)

Filaroidea

Setaria digitata Asia Horses, sheep, Central nervous Transmitted by arthropod Lumbar paralysis due to Not reported 69
goats system intermediate host migrating larvae

(mosquito)

Arthropods

Diptera (flies)

Gedoelstia spp. Africa Antelopes, Orbit, nasal Eggs deposited by Exophthalmus Reported 167
sheep passages female fly

Oestrus ovis (bot) Worldwide Sheep, goats, Nasal cavity Larvae deposited by Sinusitis Reported 69
wild ruminants female fly

686

3
4
4
4
2
 C
h
 2
0
 6
4
1
-
6
9
2
.
q
x
d
  3

/
2
8
/
0
7
  1

:
3
1
 P
M
  P

a
g
e
 6
8
6



REFERENCES
1. Wells, E.A. (1972) The importance of mechanical transmission in the

epidemiology of Nagana: A review. Trop. Anim. Hlth. Prod. 4, 74–88.
2. Losos, G.J. and Ikede, B.O. (1972) Review of the pathology of diseases

in domestic and laboratory animals caused by Trypanosoma congolense,
T. vivax, T. brucei, T. rhodesiense and T. gambiense. Vet. Path. Supp. 9,
1–71.

3. Soltys, M.A. and Woo, P.T.K. (1977) Trypanosomes producing disease
in livestock in Africa. In: Kreier. J.P. (ed.) Parasitic Protozoa Vol. I. Aca-
demic Press, New York, NY, 239–296.

4. Anosa, V.O. (1983) Diseases produced by Trypanosoma vivax in rumi-
nants, horses and rodents. Zbl. Vet. Med. B 30, 717–741.

5. Mahmoud, M.M. and Gray, A.R. (1980) Trypanosomiasis due to Try-
panosoma evansi (Steel, 1885) Balbiani, 1888. A review of recent
research. Trop. Animl. Hlth. Prod. 12, 35–47.

6. Boid, R., El Amin, E.A., Mahmoud, M.M., and Luckins, A.G. (1981)
Trypanosoma evansi infections and antibodies in goats, sheep and
camels in the Sudan. Trop. Anim. Hlth. Prod. 13, 141–146.

7. Griffin, L. and Allonby, E.W. (1979) Trypanotolerance in breeds of
sheep and goats with an experimental infection of Trypanosoma con-
golense. Vet. Parasitol. 5, 97–105.

8. Mutayoba, B.M., Gombe, S., Waindi, E.N., and Kaaya, G.P. (1989)
Comparative trypanotolerance of the small East African breed of goats
from different localities to Trypanosoma congolense infection. Vet. Para-
sitol. 31, 95–105.

9. Leeflang, P., Buys, J., and Blotkamp, C. (1978) Studies on Try-
panosoma vivax: Comparison of parasitological diagnostic methods.
Int. J. Parasitol. 8, 15–18.

10. Levine, N.D. (1985) Veterinary Protozoology. Iowa State University
Press, Ames, IA.

11. Mansfield, J.M. (1977) Nonpathogenic trypanosomes of mammals. In:
Kreier, J.P. (ed.) Parasitic Protozoa Vol. I. Academic Press, New York,
NY, 297–327.

12. Honigberg, B.M. (1978) Trichomonads of veterinary importance. In:
Kreier, J.P. (ed.) Parasitic Protozoa Vol. II. Academic Press, New York,
NY, 163–273.

13. Olson, M.E., McAllister, T.A., Deselliers, L., et al. (1995) Effects of
giardiasis on production in a domestic ruminant (lamb) model. Am. J.
Vet. Res. 56, 1470–1474.

14. Sutherland, R.J. and Clarkson, A.R. (1984) Giardiasis in intensively
reared Saanen kids. New Zealand Vet. J. 32, 34–35.

15. Kulda, J. and Nohynkova, E. (1978) Flagellates of the human intestine
and of intestines of other species. In: Kreier, J.P. (ed.) Parasitic Protozoa
Vol. II. Academic Press, New York, NY, 1–138.

16. Fuentealba, I.C., Wikse, S.E., Read, W.K., Edwards, J.F., and Visves-
vara, G.S. (1992) Amebic meningoencephalitis in a sheep. J. Am. Vet.
Med. Assoc. 200, 363–365.

17. Marquardt, W.C., Demaree, R.S., and Grieve, R.B. (2000) Parasitology
and Vector Biology. 2nd ed. Academic Press, New York, NY.

18. Ng’ang’a, C.J. and Kasigazi, S. (1994) Caprine besnoitiosis: studies on
the experimental intermediate hosts and the role of the domestic cat in
transmission. Vet. Parasitol. 52, 207–210.

19. Cheema, A.H. and Toofanian, F. (1979) Besnoitiosis in wild and
domestic goats in Iran. Cornell Vet. 69, 159–168.

20. Bigalke, R.D., Schoeman, J.H., and McCully, R.M. (1974) Immuniza-
tion against bovine besnoitiosis with a live vaccine prepared from a blue
wildebeest strain of Besnoitia besnoiti grown in cell cultures. 1. Studies
on rabbits. Onderstepoort J. Vet. Res. 41, 1–6.

PARASITES OF SHEEP AND GOATS 687

21. Tzipori, S., Larsen, J., Smith, M., and Leufel, R. (1982) Diarrhea in
goat kids attributed to Cryptosporidium infection. Vet. Rec. 111, 35–36.

22. Angus, K.W., Appleyard, W.T., Menzies, J.D., Campbell, I., and Sher-
wood, D. (1982) An outbreak of diarrhea associated with cryp-
tosporidiosis in naturally reared lambs. Vet. Rec. 110, 129–130.

23. Saini, P., Ransom, G., and McNamara, A.M. (2000) Emerging public
health concerns regarding cryptosporidiosis. J. Am. Vet. Med. Assoc.
217, 658–663.

24. Muccio, J.L., Grooms, D.L., Mansfield, L.S., Wise, A.G., and Maes,
R.K. (2004) Evaluation of two rapid assays for detecting Cryptosporid-
ium parvum in calf feces. J. Am. Vet. Med. Assoc. 225, 1090–1092.

25. Egyed, Z., Sreter, T., Szell, A., and Varga, I. (2003) Characterization of
Cryptosporidium spp, recent developments and future needs. Vet. Para-
sitol. 111, 103–114.

26. McDougald, L.R. (1979) Attempted cross-transmission of coccidia
between sheep and goats and a description of Eimeria ovinoidalis sp.n.
J. Protozool. 26, 109–113.

27. Levine, N.D. and Ivens, V. (1986) The coccidian parasites (protozoa,
apicomplexa) of artiodactyla. Illinois Biological Monographs 55 120–178.

28. Lima, J.D. (1980) Eimeria caprovina sp. n. from the domestic goat
Capra hircus, from the USA. J. Protozool. 27, 153–154.

29. Pout, D.D. (1976) Coccidiosis in sheep: A review. Vet. Rec. 98,
340–341.

30. Gregory, M.W. and Catchpole, J. (1989) Ovine coccidiosis: Pathology
of Eimeria ovinoidalis infection. Int. J. Parasitol. 17, 1099–1111.

31. Gregory, M.W. and Catchpole, J. (1990) Ovine coccidiosis: The
pathology of Eimeria crandallis infection. Int. J. Parasitol. 20, 849–860.

32. Coles, G.C. (1997) Control of parasites in goats. Goat Vet. Soc. J. 17,
28–32.

33. Alyousif, M.S., Kasim, A.A., and Al-Shawa, Y.R. (1992) Coccidia of
the domestic goat (Capra hircus) in Saudi Arabia. Int. J. Parasitol. 22,
807–810.

34. Penzhorn, B.L., Rognile, M.C., Hall, L.L., and Knapp, S.E. (1994)
Enteric coccidia of Cashmere goats in southwestern Montana, USA.
Vet. Parasitol. 55, 137–142.

35. Gregory M.W., Catchpole, J., Joyner, L.P., and Maund, B.A. (1989)
Epidemiology of ovine coccidiosis: Effect of management at lambing.
Vet. Rec. 124, 561–562.

36. Catchpole, J., Norton, C.C., and Gregory, M.W. (1993) Immuniza-
tion of lambs against coccidiosis. Vet. Rec. 132, 56–59.

37. Gregory, M.W. and Catchpole, J. (1989) Ovine coccidiosis: Heavy
infection in young lambs increases resistance without causing disease.
Vet. Rec.124, 458–461.

38. Foreyt, W.J. (1986) Epidemiology and control of coccidia in sheep. Vet.
Clinics North Am.: Food Anim. Pract. 2, 383–388.

39. Anonymous (1977) Manual of Veterinary Parasitological Laboratory
Techniques Tech Bull 18 2nd ed. Ministry of Fisheries and Food. Her
Majesty’s Stationary Office, London, United Kingdom, pp. 129.

40. Foreyt, W.J. (2001) Veterinary Parasitology: Reference Manual 5th ed.
Iowa State Press, Ames, IA, 235.

41. Craig, T.M. (1986) Epidemiology and control of coccidia in goats. Vet.
Clinics North Am.: Food Anim. Pract. 2, 389–395.

42. O’Callaghan, M.G., O’Donoghue, P.J., and Moore, E. (1987) Coc-
cidia of sheep in South Australia. Vet. Parasitol. 24, 175–183.

43. Dubey, J.P. and Lindsay, D.S. (1990) Neospora caninum induced abor-
tion in sheep. J. Vet. Diagnostic Invest. 2, 230–233.

44. Dubey, J.P., Morales, J.A., Villalobos, P., Lindsay, D.S., Blagburn, B.L.,
and Topper, M.J. (1996) Neosporosis-associated abortion in a dairy
goat. J. Am. Vet. Med. Assoc. 208, 263–265.

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 687



45. Dubey, J.P., Barr, B.C., Barta, J.R., et al. (2002) Redescription of
Neospora caninum and its differentiation from related coccidia. Int. J.
Parasitol. 32, 929–946.

46. Jenkins, M.C., Tuo, W., and Dubey, J.P. (2004) Evaluation of vaccina-
tion with Neospora caninum protein for prevention of fetal loss associ-
ated with experimentally induced neosporosis in sheep. Am. J. Vet. Res.
65, 1404–1408.

47. Odening, K. (1998) The present state of species-systematics in Sarco-
cystis Lankester, 1882 (Protista, Sporozoa, Coccidia). System. Parasitol.
41, 209–233.

48. Dubey, J.P., Speer, C.A., and Fayer, R. (1989) Sarcocystosis in sheep
(Ovis aries) and Sarcocystosis in goats (Capra hircus). In: Sarcocystosis of
Animals and Man. CRC Press, Boca Raton, FL, 113–125.

49. Caldow, G.L., Gidlow, J.R., and Schock, A. (2000) Clinical, patholog-
ical and epidemiological findings in three outbreaks of ovine protozoan
myeloencephalitis. Vet. Rec. 146, 7–10.

50. Leek, R.G. and Fayer, R. (1980) Amprolium for prophylaxis of ovine
Sarcocystis. J. Parasitol. 66, 100–106.

51. Dubey, J.P. and Beattie, C.P. (1988) Toxoplasmosis in sheep (Ovis
auries) and Toxoplasmosis in goats (Capra hircus). In: Toxoplasmosis of
Animals and Man. CRC Press. Boca Raton, FL, 61–89.

52. Duncanson, P., Terry, R.S., Smith, J.E., and Hide, G. (2001) High
levels of congenital transmission of Toxoplasma gondii in a commercial
sheep flock. Int. J. Parasitol. 31, 1699–1703.

53. Buxton, D., Thompson, K.M., and Maley, S. (1993) Treatment of
ovine toxoplasmosis with a combination of sulphamezathine and
pyrimethamine. Vet. Rec. 132, 409–411.

54. Buxton, D., Thompson, K.M., Maley, S., Wright, S., and Bos, H.J.
(1993) Experimental challenge of sheep 18 months after vaccination
with a live (S48) Toxoplasma gondii vaccine. Vet. Rec. 133, 310–312.

55. Kuttler, K.D. (1988) World-wide impact of babesiosis. In: Ristic, M.
(ed.) Babesiosis of Domestic Animals and Man. CRC Press. Boca Raton,
FL, 1–22.

56. Friedhoff, K.T. (1988) Transmission of Babesia. In: Ristic, M. (ed.)
Babesiosis of Domestic Animals and Man. CRC Press. Boca Raton, FL,
23–52.

57. Purnell, R.E., Lewis, D., Holman, M.R., and Young, E.R. (1981)
Investigations on a Babesia isolated from Scottish sheep. Parasitol. 83,
347–356.

58. Michael, S.A. and El Refaii, A.H. (1982) The effect of imidocarb dipropi-
onate on Babesia ovis infection in sheep. Trop. Anim. Hlth. Prod. 14, 1–2.

59. Urquhart, G.M., Armour, J, Duncan, J.L., Dunn, A.M., and Jennings,
F.W. (1996) Veterinary Parasitology 2nd ed. Blackwell Science, Oxford,
United Kingdom, 307.

60. Ogunrinade, A.F. (1984) Infectivity and pathogenicity of Fasciola
gigantica in west African dwarf sheep and goats. Trop. Anim. Hlth.
Prod. 16, 161–166.

61. Reddington, J.J., Leid, R.W., and Wescott, R.B. (1986) The suscepti-
bility of the goat to Fasciola hepatica infections. Vet. Parasitol. 19,
145–150.

62. Reichael, M.P. (2002) Performance characteristics of an enzyme-linked
immunosorbent assay for the detection of liver fluke (Fasciola hepatica)
infection in sheep and cattle. Vet. Parasitol. 107, 65–72.

63. Castro-Trejo, L., Garcia-Vasquez, Z., and Casildo-Nieto, J. (1990) The
susceptibility of lymnaeid snails to Paramphistomum cervi infections in
Mexico. Vet. Parasitol. 35, 157–161.

64. Boray, J.C. (1971) The pathogenesis of ovine intestinal paramphisto-
mosis due to Paramphistomum ichikawai. In: Pathology of Parasitic Dis-
eases. Purdue University Press, West Lafayette, IN, 209–216.

688 FLYNN’S PARASITES OF LABORATORY ANIMALS

65. Klopfer, U., Neumann, M., Perl, S., Gros, U., and Nobel, T.A. (1977)
An outbreak of paramphistomiasis in sheep and concurrently occurring
parmphistomiasis and schistosomiasis in cattle. Refuah. Vet. 34,
141–143.

66. Rose, C.H. and Jacobs, D.E. (1990) Epidemiology of Nematodirus
species infections of sheep in a subarctic climate: development and per-
sistence of larvae on herbage. Res. Vet. Sci. 48, 327–330.

67. Hathaway S.C. and Pullen, M.M. (1990) A risk-assessed evaluation of
postmortem meat inspection procedures for ovine thysanosomiasis. J.
Am. Vet. Med. Assoc. 196, 860–864.

68. Craig, T.M. and Sheperd, E. (1980) Efficacy of albendazole and lev-
amisole in sheep against Thysanosoma actinioioides and Haemonchus
contortus from the Edwards Plateau, Texas. Am. J. Vet. Res. 41,
425–426.

69. Soulsby, E.J.L. (1982) Helminths, Arthropods and Protozoa of Domesti-
cated Animals 7th ed. Lea and Febiger, Philadelphia, PA, 809.

70. Hendrix C.M. and Shealy, P.M. (1991) The changing role of leeches in
Veterinary Medicine. Compendium Cont. Educ. 13, 447–455.

71. Levine, N.D. (1968) Nematode Parasites of Domestic Animals and of
Man. Burgess Publishing Co., Minneapolis, MN, 600.

72. Nwaorgu, O.C. (1983) The development of the free living stages of
Strongyloides papillosus I. Effect of temperature on the development of
the heterogonic and homogonic nematodes in faecal cultures. Vet. Par-
asitol. 13, 213–223.

73. Nwaorgu, O.C. and Connan, R.M. (1980) The importance of arrested
larvae in the maintenance of patent infections of Strongyloides papillosus
in rabbits and sheep. Vet. Parasitol. 7, 339–346.

74. Cross, R.F. (1978) Influence of environmental factors on transmission
of ovine contagious foot rot. J. Am. Vet. Med. Assoc. 173, 1567–1568.

75. Taira, N. and Ura, S. (1991) Sudden death in calves associated with
Strongyloides papillosus infection. Vet. Parasitol. 39, 313–319.

76. Nakamura, Y., Ooba, C., and Hirose, H. (1998) Recovery from
arrhythmias in lambs infected with Strongyloides papillosus following
worm elimination. J. Helminthol. 72, 43–46.

77. Anderson, R.C. (2000) Nematode Parasites of Vertebrates. Their Devel-
opment and Transmission. 2nd ed. CABI Publishing, New York, NY,
650.

78. Dash, K.M. (1973) The life cycle of Oesophagostomum columbianum
(Curtice, 1890) in sheep. Int. J. Parasitol. 3, 843–851.

79. Stewart, T.B. and Gasbarre, L.C. (1989) The veterinary importance of
nodular worms (Oesophagostomum spp). Parasitol. Today 5, 209–213.

80. Ahluwalia, J.S. and Charleston, W.A.G. (1975) Studies on the patho-
genicity of Cooperia curticei for sheep. New Zealand Vet. J. 23,
197–199.

81. Lichtenfels, J.R., Pilitt, P.A., and Hoberg, E.P. (1994) New morpholog-
ical characters for identifying individual specimens of Haemonchus spp.
(Nematoda: Trichostrongyloidea) and a key to species in ruminants of
North America. J. Parasitol. 80, 107–119.

82. Zarlenga, D.S., Stringfellow, F., Nobary, M., and Lichtenfels, J.R. (1994)
Cloning and characterization of ribosomal RNA genes from three species
of Haemonchus (Nematoda: Trichostrongyloidea) and identification of
PCR primers for rapid differentiation. Expl. Parasitol. 78, 28–36.

83. Conder, G.A., Jen, L.-W., Marbury, K.S., et al. (1990) A novel
anthelmintic model utilizing jirds Meriones unguiculatus, infected with
Haemonchus contortus. J. Parasitol. 76, 168–170.

84. Otsen, M., Hoekstra, R., Plas, M.E., Buntjer, J.B., Lenstra, J.A., and
Roos, M.H. (2001) Amplified fragment length polymorphism analysis
of genetic diversity of Haemonchus contortus during selection for drug
resistance. Int. J. Parasitol. 31, 1138–1143.

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 688



85. Zajac, A.M. and Gipson, T.A. (2000) Multiple anthelmintic resis-
tance in a goat herd. Vet. Parasitol. 87, 163–172.

86. van Wyk, J.A., Stenson, M.O., van der Merwe, J.S., et al. (1999)
Anthelmintic resistance in South Africa; Surveys indicate an
extremely serious situation in sheep and goat farming. Onderstepoort
J. Vet. Res. 66, 273–284.

87. Hall C.A., Ritchie, L., and McDonell, P.A. (1981) Investigations for
anthelmintic resistance in gastrointestinal nematodes from goats. Res.
Vet. Sci. 31, 116–119.

88. Coop, R. and Kyriazakis, I. (2001) Influence of host nutrition on the
development and consequences of nematode parasitism in ruminants.
Trends Parasitol.17, 325–330.

89. Kates, K.C. (1965) Ecological aspects of helminth transmission in
domesticated animals. Am. Zoologist 5, 95–130.

90. Waller, P.J. (2003) Global perspectives on nematode parasite control
in ruminant livestock: the need to adopt alternatives to chemother-
apy, with emphasis on biological control. Anim. Hlth. Res. Rev. 4,
35–43.

91. Adams D.B. (1984) Infection with Haemonchus contortus in sheep
and the role of adaptive immunity in selection of the parasite. Int. J.
Parasitol. 18, 1071–1075.

92. Gray G.D., Barger, I.A., LeJambre, L.F., and Douch, P.G.C. (1992)
Parasitological and immunological responses of genetically resistant
Merino sheep on pastures contaminated with parasitic nematodes.
Int. J. Parasitol. 22, 417–425.

93. Lancaster, M.B. and Hong, C. (1981) Polymorphism in nematodes.
Syst. Parasitol. 3, 29–31.

94. Lichtenfels, J.R. and Hoberg, E.P. (1993) The systematics of nema-
todes that cause ostertagiasis in domestic and wild ruminants in
North America: an update and key to species. Vet. Parasitol. 46,
33–53.

95. Gasnier N., Cabaret, J., and Durette-Desset, M.C. (1997) Sheep and
goat lines of Teladorsagia circumcincta (nematoda): from allozyme to
morphological identification. J. Parasitol. 83, 527–529.

96. Callinan, A.P.L. (1978) The ecology of the free-living stages of
Ostertagia circumcincta. Internat. J. Parasitol. 8, 233–237.

97. Ross, J.G., Purcell, D.A., and Todd, J.R. (1969) Experimental infec-
tion of lambs with Trichostrongylus axei. Res. Vet. Sci. 10, 142–150.

98. Abbott, K.A. and McFarland, I.J. (1991) Trichostrongylus axei infec-
tion as a cause of deaths and loss of weight in sheep. Aust. Vet. J. 68,
368–369.

99. Snider, T.G. III, Williams, J.C., Karns, P.A., Markovits, J.E., and
Romaire, T.L. (1988) High concentration of serum gastrin
immunoreactivity and abomasal hyperplasia in calves infected with
Ostertagia ostertagi and/or Trichostrongylus axei. Am. J. Vet. Res. 49,
2101–2104.

100. Yamaguchi, T. (1981) Color Atlas of Clinical Parasitology. Lea and
Febiger. Philadelphia, PA, 293.

101. Wharton, D.A. (1982) The survival of desiccation by the free-living
stages of Trichostrongylus colubriformis (Nematoda: Trichostrongyli-
dae). Parasitology 84, 455–462.

102. Eysker, M. (1978) Inhibition of the development of Trichostrongylus
spp. as third stage larvae in sheep. Vet. Parasitol. 4, 29–33.

103. Barker, I.K. (1975) Intestinal pathology associated with Trichostrongylus
colubriformis infection in sheep: vascular permeability and ultrastruc-
ture of the mucosa. Parasitology. 70, 173–180.

104. Sykes, A.R., Coop, R.L., and Angus, K.W. (1975) Experimental pro-
duction of osteoporosis in growing lambs by continuous dosing with
Trichostrongylus colubriformis larvae. J. Comp. Path. 85, 549–559.

PARASITES OF SHEEP AND GOATS 689

105. Jones, W.O. and Symons, L.E.A. (1982) Protein synthesis in the
whole body, liver, skeletal muscle and kidney cortex of lambs infected
by the nematode Trichostrongylus colubriformis. Int. J. Parasitol. 12,
295–301.

106. Beveridge, I., Pullman, A.L., Martin, R.R., and Barelds, A. (1989)
Effects of temperature and relative humidity on development and sur-
vival of the free-living stages of Trichostrongylus colubriformis, T. ruga-
tus and T. vitrinus. Vet. Parasitol. 33, 143–153.

107. Jansen, J. (1982) Justice to Trichostrongylus longispicularis Gordon,
1933 (nematoda: Trichostrongylidae). Syst. Parasitol. 4, 141–146.

108. Beveridge, I., Pullman, A.L., Phillips, P.H., Martin, R.R., Barelds, A.,
and Grimson, R. (1989) Comparison of the effects of infection with
Trichostrongylus colubriformis, T. vitrinus and T. rugatus in Merino
lambs. Vet. Parasitol. 32, 229–245.

109. Mansfield, L.S., Gamble, H.R., Baker, J.S., and Lichtenfels, J.R.
(1993) Lungworm infection in a sheep flock in Maryland. J. Am. Vet.
Med. Assoc. 202, 601–606.

110. Hibler, C.P., Lange, R.E., and Metzger, C.J. (1972) Transplacental
transmission of Protostrongylus spp. in Bighorn sheep. J. Wildlife Dis.
8, 389.

111. Kudo, N., Koneguchi, T., Ikadai, H., and Oyamada, T. (2003) Exper-
imental infection of laboratory animals and sheep with Gongylonema
pulchrum in Japan. J. Vet. Med. Sci. 65, 921–925.

112. Rickard, L.G. and Bishop, J.K. (1991) Redescription of Trichuris
tenuis Chandler, 1930, from llamas (Lama glama) in Oregon with a
key to the species of Trichuris present in North American ruminants.
J. Parasitol. 77, 70–75.

113. Farleigh, E.A. (1966) Observations on the pathogenic effects of
Trichuris ovis in sheep under drought conditions. Aust. Vet. J. 24,
462–463.

114. Geden, C.J., Rutz, D.A., Miller, R.W., and Steinkraus, D.C. (1992)
Suppression of house flies (Diptera: Muscidae) on New York and
Maryland dairies using releases of Muscidifurax raptor (Hymenoptera:
Pteromalidae) in an integrated management program. Environ. Ento.
21, 1419–1426.

115. Steinkraus, D.C., Geden, C.J., and Rutz, D.A. (1993) Prevalence of
Entomophthora muscae (Cohn) Fresenius (Zygomycetes: Entomoph-
thoraceae) in house flies (Diptera: Muscidae) on dairy farms in New
York and introduction of epizootics. Biol. Cont. 3, 93–100.

116. Sweeney, C.R., Scanlon, T., Russell, G.E., Smith, G., and Boston,
R.C. (2000) Effect of daily floor treatment with sodium bisulfate on
the fly population of horse stalls. Am. J. Vet. Res. 61, 910–913.

117. Lloyd, J.E. (1985) Arthropod pests of sheep. In: Williams, R.E., Hall,
R.D., Broce, A.B., and Scholl, P.J. (eds.) Livestock Entomology. John
Wiley and Sons. New York, NY, 253–267.

118. Price, M.A. and Graham, O.H. (1997) Chewing and sucking lice as
parasites of mammals and birds. United States Department Agricul-
ture, ARS Technical Bulletin 1849.

119. McMullin, P.F., Cramer, L.G., Benz, G., Jeromel, P.C., and Gross,
S.C. (1989) Control of Dermatobia hominis infestation in cattle using
an ivermectin slow-release bolus. Vet. Rec. 124, 465.

120. Heath, A.C.G., Cole, D.J.W., Bishop, D.M., Pfeffer, A., Cooper, S.M.,
and Risdon, P. (1995) Preliminary investigations into the aetiology and
treatment of cockle, a sheep pelt defect. Vet. Parasitol. 56, 239–254.

121. Heath A.C.G., Lampkin, N., and Jowett, J.H. (1995) Evaluation of
non-conventional treatments for control of the biting louse (Bovicola
ovis) on sheep. Med. Vet. Entomol. 9, 407–412.

122. Heffner, R.S. and Heffner, H.E. (1983) Effect of cattle ear mite infes-
tation on hearing in a cow. J. Am. Vet. Med. Assoc. 182, 612–614.

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 689



123. Hoskins, J.D. and Cupp, E.W. (1988) Ticks of veterinary impor-
tance. Part II. The argasidae family: identification, behavior, and asso-
ciated diseases. Compend. Cont. Edu. Sm. Anim. 10, 699–708.

124. Teel, P.D. (1985) Ticks. In: Williams, R.E., Hall, R.D., Broce, A.B.,
and Scholl, P.J. (eds.) Livestock Entomology. John Wiley and Sons.
New York, NY, 129–149.

125. Mebus, C.A. and Logan, L.L. (1988). Heartwater disease of domestic
and wild ruminants. J. Am. Vet. Med. Assoc. 192, 950–952.

126. De Vos, A.J. (1981) Rhipicephalus appendiculatus: cause and vector of
diseases in Africa. J. So. African Vet. Assoc. 52, 315–322.

127. Heath A.D.G., Bishop, D.M., and Tenquist, J.D. (1989) Observa-
tions on the potential for natural transfer of Psoroptes cuniculi and
Chorioptes bovis (Acari: Psoroptidae) between goats and sheep. New
Zealand Vet. J. 37, 56–58.

128. Sargison, N.D., Scott, P.R., Wilson, D.J., and Bates, P.G. (2000)
Chorioptic mange in British Suffolk rams. Vet. Rec. 147, 135–136.

129. Wright, F.C., Guillot, F.S., and George, J.E. (1988) Efficacy of acari-
cides against chorioptic mange in goats. Am. J. Vet. Res. 49, 903–904.

130. van den Broek, A.H. and Huntley, J.F. (2003) Sheep scab: the disease,
pathogenesis and control. J. Comp. Path. 128, 79–91.

131. Williams, J.F. and Williams, C.S.F. (1978) Psoroptic ear mites in
dairy goats. J. Am. Vet. Med. Assoc. 173, 1582–1583.

132. Cadiegures, M-C., Laguerre, C., Roques, M., and Franc, M. (2004)
Evaluations of the bioequivalence of two formulations of
deltamethrin for treatment of sheep with psoroptic mange. Am. J. Vet.
Res. 65, 151–154.

133. O’Brien, D.J., Parker, L.D., Menton, C., Keaveny, C., McCollum, E.,
and O’Laoide, S. (1996) Treatment and control of psoroptic mange
(sheep scab) with moxidectin. Vet. Rec. 139, 437–439.

134. Bates, P.G., Groves, B.A., Courtney, S.A., and Coles, G.C. (1995)
Control of sheep scab (Psoroptes ovis) on artificially infested sheep
with a single injection of doramectin. Vet. Rec. 137, 491–492.

135. Manurung J., Stevenson, P., Beriajaya, and Knox, M.R. (1990) Use of
ivermectin to control sarcoptic mange in goats in Indonesia. Trop.
Anim. Health Prod. 22, 206–212.

136. Kettle, D.S. (1990) Medical and Veterinary Entomology. C.A.B Inter-
national. Wallingford, United Kingdom, 658.

137. McKee, T.J., Couvillion, C.E., and Randolph, T.C. (1988) Ear mites
in cattle: More prevalent than previously thought. Vet. Med. 73,
731–732.

138. Wall, R. and Shearer, D. (2001) Veterinary Ectoparasites, Biology,
Pathology and Control 2nd ed. Blackwell Science. Oxford, United
Kingdom, 262.

139. Johnson, P.W., Plant, J.W., Boray, J.C., Blunt, S.C., and Nicholls, P.J.
(1990) The prevalence of itchmite, Psorergates ovis, among sheep
flocks with a history of fleece derangement. Aust. Vet. J. 67, 117–120.

140. Mazahery, Y., Razmyar, J., and Hoghooghi-Rad, N. (1994) Explana-
tum explanatum (Creplin, 1847) Fukui, 1929, in buffaloes in the
Ahwaz area, southwest Iran. Vet. Parasitol. 55, 149–153.

141. Foreyt, W.J. (1990) Domestic sheep as a rare definitive host of the large
American liver fluke Fascioloides magna. J. Parasitol. 76, 736–739.

142. Deorani, V.P. (1965) Further contribution to the pathogenesis of
Ogmocotyle indica (Notocotylidae: Trematoda) infection among hill
sheep and goats. Indian Vet. J. 42, 571–576.

143. Ferreras-Estrada, M.C., Garcia-Iglesias, M.J., Perez-Martinez, C., et
al. (1998) A pathological study of experimental long-standing Schisto-
soma bovis infection in sheep. J. Comp. Pathol. 119, 479–484.

144. Amjadi, A.R. (1971) Studies on histopathology of Stilesia globipunc-
tata infections in Iran. Vet. Rec. 8, 486–488.

690 FLYNN’S PARASITES OF LABORATORY ANIMALS

145. Nginyi, J.M., Onyango-Abuje, J.A., and Harrison, L.J. (1993) Diag-
nosis of Stilesia hepatica infection in sheep. Trop. Anim. Health Prod.
25, 225–228.

146. Gemmell, M.A. and Lawson, J.R. (1985) The survival in sheep and
infectivity to dogs of Taenia hydatigena and T. ovis in sheep. Vet. Para-
sitol. 17, 215–218.

147. Edwards, G.T. and Herbert, I.V. (1982) Observations on the course
of Taenia multiceps infections in sheep: clinical signs and post-mortem
findings. Br. Vet. J. 138, 489–500.

148. Fabiyi, J.P. (1978) The occurrence of Oesophagostomum multifoliatum
Daubney and Hudson, 1932, in Nigerian cattle. J. Helminthol. 52,
335–338.

149. Marques, S.M., Quadros, R.M., and Pilati, C. (2005) Mam-
momonogamus laryngeus (Railliet, 1899) infection in buffaloes in Rio
Grande do Sul, Brazil. Vet. Parasitol. 30, 241–243.

150. Opasina, B.A. and Dipeolu, O.O. (1983) Fatal infection of a West
African Dwarf sheep with Mammomonogamus nasicola (S. Syngamus
nasicola). Zentralbl. Veterinarmed. B. 30, 313–315.

151. Hart, R.J. and Wagner, A.M. (1971) The pathological physiology of
Gaigeria pachyscelis infestation. Onderstepoort J. Vet. Res. 38, 111–116.

152. Audebert, F., Cassone, J., Kerboeuf, D., and Durette-Desset, M.C.
(2003) Development of Trichostrongylus colubriformis and
Trichostrongylus vitrinus, parasites of ruminants in the rabbit and com-
parison with Trichostrongylus retortaeformis. Parasitol. Res. 90, 57–63.

153. Castanon Ordonez, L., Cordero del Campillo, M., and Rojo Vazquez,
F.A. (1984) Migration and growth of Neostrongylus linearis (Marotel,
1913) Gebauer, 1932 in sheep. Vet. Parasitol. 15, 271–284.

154. Sarwar, M.M. (1954) On the occurrence of Ostertagia pinnata Daub-
ney, 1933, in association with Ostertagia trifurcata Ransom, 1907 in
India and Great Britain. J. Helminthol. 28, 150–154.

155. Beveridge, I., Barker, I.K., Rickard, M.D., and Burton, J.D. (1974)
Letter: Experimental infection of sheep with Camelostrongylus mentu-
latus and associated gastritis. Aust. Vet. J. 50, 36–37.

156. Sarwar, M.M. (1952) On the synonymy of Marshallagia orientalis
(Bhalerao, 1932) with Marshallagia marshalli and a record of its occur-
rence from the mountainous region of the Punjab. Parasitology 42, 125.

157. Hoberg, E.P. and Abrams, A. (2005) Pseudostertagia bullosa (Nema-
toda: Trichostrongyloidea) in artiodactyl hosts from North America:
redescription and comments on systematics. J. Parasitol. 91, 370–381.

158. Rickard, L.G., Hoberg, E.P., Allen, N.M., Zimmerman, G.L., and
Craig, T.M. (1993) Spiculopteragia spiculoptera and S. asymmetrica
(Nematoda: Trichostrongyloidea) from red deer (Cervus elaphus) in
Texas. J. Wildl. Dis. 29, 512–515.

159. Fernando, S.T. (1965) Morphology, systematics, and geographic dis-
tribution of Mecistocirrus digitatus, a trichostrongylid parasite of
ruminants. J. Parasitol. 51, 149–155.

160. Fernando, S.T. (1965) The life cycle of Mecistocirrus digitatus, a
trichostrongylid parasite of ruminants. J. Parasitol. 51, 156–163.

161. Ahluwalia, J.S. and Charleston, W.A. (1975) Studies on the patho-
genicity of Cooperia curticei for sheep. N.Z. Vet. J. 23, 197–199.

162. Becklund, W.W. and Walker, M.L. (1967) Nematodirus of domestic
sheep, Ovis aries, in the United States with a key to the species. J. Par-
asitol. 53, 777–781.

163. Guthery, F.S., Beasom, S.L., and Jones, L. (1979) Cerebrospinal
nematodiasis caused by Parelaphostrongylus tenuis in Angora goats in
Texas. J. Wildl. Dis. 15, 37–42.

164. Jortner, B.S., Troutt, H.F., Collins, T., and Scarratt, K. (1985) Lesions
of spinal cord parelaphostrongylosis in sheep. Sequential changes fol-
lowing intramedullary larval migration. Vet. Pathol. 22, 137–140.

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 690



165. Hibler, C.P. and Adcock, J.L. (1968) Redescription of Elaeophora
schneideri Wehr and Dikmans, 1935 (Nematoda: Filarioidea). J. Para-
sitol. 54, 1095–1098.

166. Jensen, R. and Seghetti, L. (1955) Elaeophoriasis in sheep. J. Am. Vet.
Med. Assoc. 127, 499–505.

167. Bisley, G.G. (1972) A case of intraocular myiasis in man due to the
first stage larva of the Oestrid fly Gedoelstia spp. East Afr. Med. J. 49,
768–771.

168. Fagbemi, B.O. (1982) Effect of Ctenocephalides felis strongylus infesta-
tion on the performance of West African dwarf sheep and goats. Vet.
Q. 4, 92–95.

169. el-Refaii, A.H. and Michael, S.A. (1988) Linguatula serrata
Frohlich—a case report of larvae among sheep and goats in Egypt. J.
Egypt. Soc. Parasitol. 18, 353–354.

170. Costa, J.O., dos Santos Lima, W., Leite, A.C., Guimaraes, M.P., and
Torres, L.D. (1983) Melophagus ovinus and Trypanosoma (Megatry-
panum) melophagium in ovines in the State of Minas Gerais, Brazil.
Mem. Inst. Oswaldo Cruz. 78, 101–103.

171. Deol, I., Robledo, L., Meza, A., Visvesvara, G.S., and Andrews, R.J.
(2000) Encephalitis due to a free-living amoeba (Balamuthia man-
drillaris): case report with literature review. Surg. Neurol. 53, 611–616.

172. Njenga, J.M., Bwangamoi, O., Kangethe, E.K., Mugera, G.M., and
Mutiga, E.R. (1995) Comparative ultrastructural studies on Besnoitia
besnoiti and Besnoitia caprae. Vet. Res. Commun. 19, 295–308.

173. Schnittger, L., Yin, H., Gubbels, M.J., et al. (2003) Phylogeny of
sheep and goat Theileria and Babesia parasites. Parasitol. Res. 91,
398–406.

174. Theodoridis, Y., Duncan, J.L., MacLean, J.M., and Himonas, C.A.
(1991) Pathophysiological studies on Dicrocoelium dendriticum infec-
tion in sheep. Vet. Parasitol. 39, 61–66.

175. Jain, P.C. and Kamalapur. S.K. (1970) On the occurrence of Cali-
cophoron cauliorchis (Stiles and Goldberger, 1910) Nasmark, 1937
paramphistomidae: trematoda in sheep in India. Indian Vet. J. 47,
307–308.

176. Dinnik, J.A. (1956) On Ceylonocotyle scoliocoelium (Fischoeder, 1904)
and its intermediate host in Kenya, East Africa. J. Helminthol. 30,
149–156.

177. Varma, A.K. (1961) Observations on the biology and pathogenicity
of Cotylophoron cotylophorum (Fischoeder, 1901). J. Helminthol. 35,
161–168.

178. Kraneburg, W. and Boch, J. (1978) Biology and pathogenicity of the
domestic ruminal fluke Paramphistomum cervi. 3. Development in
cattle, sheep and deer. Berl. Munch. Tierarztl. Wochenschr. 91, 71–75.

179. Sharma, P.N. and Hanna, R.E. (1988) Ultrastructure and cytochem-
istry of the tegument of Orthocoelium scoliocoelium and Paramphisto-
mum cervi (Trematoda: Digenea). J. Helminthol. 62, 331–343.

180. Shahlapoor, A.A. (1965) A note on the identification of Skrjabinema
ovis (Skrjabin, 1915) and Trichostrongylus spp. in sheep and goats in
Iran. J. Helminthol. 39, 273–276.

181. Herd, R.P. (1971) The parasitic life cycle of Chabertia ovina (Fabri-
cius, 1788) in sheep. Int. J. Parasitol. 1, 189–199.

182. Goldberg, A. (1952) Experimental infection of sheep and goats with
the nematode lungworm, Dictyocaulus filaria. Am. J. Vet. Res. 13,
531–536.

PARASITES OF SHEEP AND GOATS 691

183. Thomas, R.F. (1959) A comparative study of the life histories of
Nematodirus battus and N. filicollis, nematode parasites of sheep. Par-
asitology. 49, 374–386.

184. Sommerville, R.I. (1956) A note on the specific identity of Tri-
chostrongylus longispicularis Gordon, 1933. J. Helminthol. 30, 21–24.

185. Coop, R.L., Angus, K.W., and Sykes, A.R. (1979) Chronic infection
with Trichostrongylus vitrinus in sheep. Pathological changes in the
small intestine. Res. Vet. Sci. 26, 363–371.

186. Sauerlander, R. (1988) Experimental infection of sheep and goats
with Muellerius capillaris (Protostrongylidae, Nematoda). Zentralbl.
Veterinarmed. B. 35, 525–548.

187. Worley, D.E., Barrett, R.E., and Knapp, S.E. (1980) Hosts and distri-
bution of Capillaria bovis (Schnyder, 1906) in domestic and wild
ruminants in northwestern United States. J. Parasitol. 66, 695–696.

188. O’Callaghan, M.G., Moore, E., and Langman, M. (1988) Damalinia
caprae infestations on sheep. Aust. Vet. J. 65, 66.

189. Zahler, M., Hendrikx, W.M., Essig, A., Rinder, H., and Gothe, R.
(2001) Taxonomic reconsideration of the genus Chorioptes Gervais
and van Beneden, 1859 (Acari: Psoroptidae). Exp. Appl. Acarol. 25,
517–523.

190. Young, A.S. and Mchinja, S.F. (1977) Observations on Haematoxenus
separatus Uilenberg and Andreasen 1974 in the erythrocytes of
Kenyan sheep. Res. Vet. Sci. 23, 387–388.

191. Massoud, J. (1971) The pathology of Ornithobilharzia turkestanicum
and Schistosoma bovis in cattle, sheep and goats in Iran. Trans. R. Soc.
Trop. Med. Hyg. 65, 431.

192. Graydon, R.J., Carmichael, I.H., Sanchez, M.D., Weidosari, E., and
Widjayanti, S. (1992) Mortalities and wasting in Indonesian sheep
associated with the trematode Eurytrema pancreaticum. Vet. Rec. 131,
443.

193. Lloyd, S. and Soulsby, E.J. (1978) Survey of parasites in dairy goats.
Am. J. Vet. Res. 39, 1057–1059.

194. Bain, O. (1975) Redescription of five species of Onchocerca. Ann. Par-
asitol. Hum. Comp. 50, 763–788.

195. Abu-Samra, M.T., Ibrahim, K.E., and Aziz, M.A. (1984) Experimen-
tal infection of goats with Sarcoptes scabiei var. ovis. Ann. Trop. Med.
Parasitol. 78, 55–61.

196. Zahler, M., Hendrikx, W.M., Essig, A., Rinder, H., and Gothe, R.
(2000) Species of the genus Psoroptes (Acari: Psoroptidae): a taxo-
nomic consideration. Exp. Appl. Acarol. 24, 213–225.

197. Friel, J. and Greiner, E.C. (1988) Ear mites from domestic goats in
Florida. Exp. Appl. Acarol. 4, 345–351.

198. Cook, R.W. (1981) Ear mites (Raillietia manfredi and Psoroptes cuni-
culi) in goats in New South Wales. Aust. Vet. J. 57, 72–74.

199. Bukva, V. (1990) Three species of the hair follicle mites (Acari:
Demodicidae) parasitizing the sheep, Ovis aries L. Folia Parasitol
(Praha) 37, 81–91.

200. Sinclair, A. (1990) The epidermal location and possible feeding site of
Psorergates ovis, the sheep itch mite. Aust. Vet. J. 67, 59–62.

201. Otto, Q.T. and Jordaan, L.C. (1992) An orf-like condition caused by
trombiculid mites on sheep in South Africa. Onderstepoort J. Vet. Res.
59, 335–356.

202. Orpin, C.G. (1974) The rumen flagellate Callimastix frontalis: does
sequestration occur? J. Gen. Microbiol. 84, 395–398.

34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 691



34442 Ch 20 641-692.qxd  3/28/07  1:31 PM  Page 692



INTRODUCTION 694
PROTOZOA 694

Phylum Sarcomastigophora 694
Class Mastigophora (Flagellates) 694

Hemoflagellates 694
Trypanosoma cruzi 694
Trypanosoma minasense 694
Trypanosoma rangeli 695
Trypanosoma sanmartini 695

Enteric flagellates 695
Chilomastix mesnili 695
Enteromonas hominis 695
Giardia lamblia 695
Hexamita pitheci 696
Pentatrichomonas hominis 696
Retortamonas intestinalis 696
Trichomonas tenax 696

Class Sarcodina (Amoebae) 696
Dientamoeba fragilis 696
Endolimax nana 696
Entamoeba chattoni 698
Entamoeba coli 698
Entamoeba dispar 698
Entamoeba gingivalis 698
Entamoeba hartmanni 698
Entamoeba histolytica 698
Iodamoeba butschlii 699

Phylum Apicomplexa 699
Class Piroplasmidia 699

Entopolypoides macaci 699
Class Haemosporidia 700

Hepatocystis kochi 700
Plasmodium inui 700
Plasmodium sp. 701

PHYLUM MICROSPORA 701
PHYLUM CILIOPHORA 701

Balantidium coli 701
Troglodytella abrassarti 702

TREMATODES 702
Athesmia foxi 702
Gastrodiscoides hominis 703
Schistosoma sp. 703

CESTODES 706
Bertiella studeri 706

LEECHES 706
Dinobdella ferox 706

NEMATODES 707
Superfamily Rhabditoidea 707

Strongyloides cebus 707
Strongyloides fülleborni 709

Superfamily Oxyuroidea 709
Enterobius vermicularis 709

Superfamily Strongyloidea 710
Oesophagostomum sp. 710
Ternidens diminutus 711

Superfamily Trichostrongyloidea 711
Molineus sp. 711
Nochtia nochti 712

Superfamily Spiruroidea 712
Streptopharagus sp. 712

Superfamily Filaroidea 713
Superfamily Trichuroidea 714

Anatrichosoma cutaneum 714
Calodium hepaticum 714
Trichuris trichiura 714

ACANTHOCEPHALA 715
Prosthenorchis spp. 715

C H A P T E R

21
Parasites of Non-human Primates

Frank Cogswell, PhD

693

34442 Ch 21 693-744.qxd  3/28/07  1:28 PM  Page 693



ARTHROPODS 716
Class Insecta 716

Order Phthiraptera 716
Pedicinus eurygaster 716

Order Siphonaptera 717

694 FLYNN’S PARASITES OF LABORATORY ANIMALS

Class Arachnida 717
Mites 717

Pneumonyssus simicola 717
Class Pentastomida 719

Porocephalus spp. 719
REFERENCES 737

INTRODUCTION

Increasing numbers of non-human primates (NHP) are
being used in biomedical research as models for infectious
diseases. Most laboratory primates are Old World species,
and include the macaques—rhesus, pigtail, and cynomol-
gus monkeys—as well as mangabeys and African green
monkeys. Chimpanzees are still used for selected studies,
although the expense of their keep is often prohibitive.
New World species such as squirrel and owl monkeys, but
also capuchins and marmosets, are also extensively used
animal models. Wild-caught animals frequently bring
their parasites with them, and while often not extremely
pathogenic, these parasites may represent unwanted
research variables. In addition, the federally funded NHP
breeding centers may house breeding colonies of NHP
outdoors, contributing to the diversity of parasites seen in
these animals.

This chapter focuses on parasites found in the most
important NHP hosts used in the laboratory. Others1,2,3

have provided extensive lists of primate parasites by organ
system. The interested reader is directed to significant pub-
lications covering helminth parasites of NHP4 and the
pathology of primate parasitic diseases5. Because many
parasites of non-human primates are shared with humans,
some may wish to consult an atlas of human parasites6 to
assist in parasite speciation.

PROTOZOA

Phylum Sarcomastigophora

Class Mastigophora (Flagellates)

Hemoflagellates
Trypanosoma cruzi Trypanosoma cruzi is an important
human pathogen in the Western Hemisphere and has been
described in outdoor NHP colonies in Texas, Louisiana,
and Georgia. The biology of T. cruzi is presented in
Chapter 17, Parasites of Dogs. Several species of wild and
domestic animals serve as reservoirs for infection of
outdoor-housed NHP in the southern United States and
Mexico7. Among NHP, infections have been described in

marmosets, capuchins, squirrel monkeys, spider monkeys
and other simian primates in Central and South
America8,9. In the United States, natural infections with
T. cruzi have been described in laboratory squirrel
monkeys, capuchins, rhesus monkeys, pigtail macaques
(Macaca nemestrina), and baboons10.

The infection appears to be clinically silent in rhesus
macaques and is usually diagnosed at necropsy (Figure
21.1). Myocarditis and myositis are occasionally seen his-
tologically but clinical correlates are usually not present.
Diagnosis is made by finding the circulating parasites in
the blood, or after culturing. A dipstick format ELISA
(InBios International) test works well in NHP for demon-
strating exposure to the organism.

Trypanosoma minasense Trypanosoma minasense (Syn.
Trypanosoma advieri, T. brirnonti, T. devei, T. escomeli,
T. florestali, T. manguin-hense, T. mycetae) is a nonpath-
ogenic flagellate found in marmosets, capuchins, squirrel
monkeys, spider monkeys, howler monkeys, night
monkeys, woolly monkeys, and humans in Central and
South America8. The trypomastigote form in the blood is
sinuous and 29 µ to 46 µ long and the nucleus is usually at,
or just anterior to, the middle of the body. The kinetoplast
is small and well anterior. The undulating membrane is

Fig. 21.1 Low power magnification of Trypanosoma cruzi in the heart
of a monkey. Courtesy of Dr. Peter Didier.
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fairly well developed, and the free flagellum is usually 
one-sixth to one-third of the body length. Trypanosoma
minasense does not appear to be pathogenic for vertebrates
and therefore must be distinguished from the pathogenic
T. cruzi with which it is sometimes found in mixed
infection. It is unlikely to occur in the laboratory except in
primates obtained from endemic areas. Microscopic
diagnosis is as described for T. cruzi.

Trypanosoma rangeli Trypanosoma rangeli (Syn.
Trypanosoma ariarii, T. cebus, T. guatemalense, T. saimirii)
occurs in capuchins and humans in Central and South
America8,9,11–13, as well as owl and squirrel monkeys in
Colombia, Peru, and Bolivia14. Rhesus macaques can be
infected experimentally, but natural infections are unlikely
to occur in the laboratory. Trypomastigotes are found in
the blood and measure 26 µ to 36 µ long with a pointed
posterior end, a small, subterminal kinetoplast, and a
rippled undulating membrane with a free flagellum9. The
most common vector is the reduviid bug Rhodnius
prolixus, but Triatoma dimidiata and other reduviids have
also been found to be infected. Infection of the vertebrate
host is either by bite or by fecal contamination, and
is generally asymptomatic9. However, it must be
distinguished from pathogenic trypanosomes, and
especially from T. cruzi, with which it is sometimes found
in mixed infection. Trypanosoma rangeli is larger than T.
cruzi and has a much smaller kinetoplast. Microscopic
diagnosis is as described for T. cruzi.

Trypanosoma sanmartini Trypanosoma sanmartini was
described from squirrel monkeys in Colombia15. It greatly
resembles T. cruzi and may be an aberrant strain or
subspecies8. Trypomastigotes are curved, often S-shaped,
with a large, ovoid kinetoplast at the posterior tip
and moderately developed undulating membrane. Trypo-
mastigotes measure 17 µ to 24 µ long, including a free
flagellum that is 4 µ to 9 µ long and 2 µ to 3 µ wide. It is
unlikely to occur in the laboratory except in squirrel
monkeys obtained from endemic areas. Infections are of
unknown pathogenicity. Microscopic diagnosis is as
described for T. cruzi.

Enteric flagellates
Chilomastix mesnili Chilomastix mesnili (Syn. Chilo-
mastix  hominis, C. suis) is common in the cecum and
colon of rhesus monkeys, cynomolgus monkeys, green
monkeys, baboons, capuchins, orangutans, chimpanzees,
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and others9. Trophozoites are piriform with an anterior
nucleus, a large cytostomal groove near the anterior end,
three anterior flagella, a short fourth flagellum which
undulates within the cytostomal groove, and a cytoplasmic
fibril along the anterior end and sides of the cytostomal
groove9. Cysts are usually lemon-shaped and contain one
nucleus and the organelles of the trophozoite.
Trophozoites measure 6 µ to 24 µ long by 3 µ to 10 µ wide,
while cysts measure 6.5 µ to 10 µ long6. Infection rates in
laboratory colonies are unknown but may be high in wild-
caught primates. Infections are typically asymptomatic.
Humans are also susceptible to infection. Diagnosis is by
finding cysts in fecal smears or floatations.

Enteromonas hominis Enteromonas hominis (Syn.
Tricercomonas intestinalis, Octomitus hominis, Enteromonas
bengalensis) occurs uncommonly in the cecum of the rat,
hamster, rhesus monkey, other macaques, and humans
throughout the world9,16. Trophozoites are spherical or
piriform, with three short anterior flagella, one of which is
sometimes difficult to see. A fourth flagellum runs along
the flattened body surface and extends freely at the
posterior end. There is an anterior nucleus and a strand-like
funis extending posteriorly from the blepharoplast along
the body surface9. There is no cytostome. Trophozoites
measure 4 µ to 10 µ long by 3 µ to 6 µ wide and have many
food vacuoles that contain bacteria. The cysts are ovoid and
contain four nuclei when mature.

Giardia lamblia Morphology. Giardia lamblia (Syn.
Lamblia intestinalis, Megastoma entericum, Giardia
duodenalis) is morphologically similar to G. canis, which is
described in Chapter 17, Parasites of Dogs.

Hosts and Life Cycle. Giardia lamblia is found in the
duodenum, jejunum, and upper ileum of humans, rhesus
monkeys, cynomolgus monkeys, chimpanzees, and other
primates17. Infections are common throughout the world.
The life cycle is as described for G. canis. Primates become
infected via ingestion of feed or water that is contaminated
with cysts.

Pathologic Effects and Clinical Disease. Infection
with G. lamblia causes diarrhea, which may be severe, in
captive rhesus macaques and other NHP.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by identifying the cysts and occasionally tropho-
zoites in a direct fecal smear, or cysts in ZnSO4 fecal flota-
tion. Commercially available ELISA kits (Remel, Inc.
Xpect®) allow detection of an exoantigen in stool samples
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with a 97% sensitivity and specificity, and do not require
microscopic expertise. Treatment consists of oral metron-
idazole (25 mg/kg twice per day for five days) or oral fen-
bendazole (50 mg/kg once per day for five days). Infections
may be reduced in incidence by strict adherence to sanita-
tion procedures.

Public Health Considerations. Giardia lamblia is
infectious to animal workers. Infected animals and stool
samples should be handled with caution.

Hexamita pitheci Hexamita pitheci has been reported in
the cecum and colon of rhesus monkeys in South
America18. The incidence of infection is unknown.
Trophozoites measure 2.5 µ to 3 µ long by 1.5 µ to 2 µ
wide. A similar and perhaps identical species of Hexamita
has been found in feces of the rhesus monkey and the
chimpanzee in North America19. In the latter case,
trophozoites measured 4 µ to 6 µ long by 2 µ to 4 µ wide.

Pentatrichomonas hominis Pentatrichomonas hominis is a
common inhabitant of the cecum and colon of rhesus
monkeys, cynomolgus monkeys, chimpanzees, orangutans,
and other primates, including humans, throughout the
world20–22. Trophozoites have three to five anterior flagella9

and measure 8 µ to 20 µ long by 3 µ to 14 µ wide. The
absence of a cyst stage makes direct fecal smear the diagnostic
method of choice. The incidence of this flagellate in
laboratory primates is common in specimens obtained from
their natural habitat. It is very common in diarrheic stool
samples from colony animals but it does not cause diarrhea.

Retortamonas intestinalis Retortamonas intestinalis (Syn.
Embadomonas intestinalis) occurs in the cecum of rhesus
monkeys, chimpanzees, and other simian primates
throughout the world9. Trophozoites are piriform or
fusiform and are drawn out posteriorly, with an anterior
nucleus, large anterior cytostome, anterior flagellum,
posteriorly directed trailing flagellum which emerges from
the cytostomal groove, and cytostomal fibril around the
anterior end and sides of the cytostome6. Trophozoites
measure 4 µ to 9 µ long by 3 µ to 4 µ wide (Figure 21.2).
Cysts are piriform or ovoid, have one or two nuclei, and
measure 4 µ to 7 µ long by 3 µ to 5 µ wide. The incidence of
infection is unknown.

Trichomonas tenax Trichomonas tenax is a nonpathogenic
trichomonad commonly found in the mouth, especially
between the gums and teeth, of rhesus monkeys,
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cynomolgus monkeys, baboons, and humans throughout
the world21,23. Trophozoites measure 4 µ to 16 µ by 2 µ to l5
µ23,24. The incidence of infection in laboratory colonies is
unknown. Infections may be common in primates obtained
from their natural environment.

Class Sarcodina (Amoebae)

Dientamoeba fragilis
Dientamoeba fragilis occurs in the cecum and colon of rhe-
sus and cynomolgus monkeys in Asia and in humans
throughout the world9,21,25. Although infections have not
been observed in feral baboons, an 8% incidence has been
noted in captive baboons in the United States26. While
infected humans sometimes develop mucoid diarrhea,
infections in NHP are typically asymptomatic9. Tropho-
zoites measure 3 µ to 22 µ in diameter but more typically
measure 6 µ to 12 µ9 (Figure 21.3).

Endolimax nana
Endolimax nana is common in the cecum and colon of
rhesus monkeys, cynomolgus monkeys, other macaques,
patas monkeys, guenons, mangabeys, baboons, capuchins,
chimpanzees, gorillas, and humans throughout the
world9,16,20–,22,27–30. Trophozoites measure 6 µ to 15 µ in
diameter while the cysts measure 5 µ to 14 µ in diameter9

(Figure 21.3). Infections are common in laboratory pri-
mates obtained from the wild. Infections with E. nana are
nonpathogenic.

Fig. 21.2 Retortamonas trophozoite. Courtesy of N.D. Levine,
University of Illinois.

34442 Ch 21 693-744.qxd  3/28/07  1:28 PM  Page 696



Fig. 21.3 Amebas affecting laboratory primates. Reproduced from Hoare, C.A. (1959) with permission.
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Entamoeba chattoni
Entamoeba chattoni (Syn. Entamoeba polecki) occurs in the
cecum and colon of many primates, including humans9.
Entamoeba chattoni may be more common in monkeys
than E. histolytica, but most workers have failed to recog-
nize it. It has been reported from laboratory monkeys in the
United States and Germany, and probably occurs through-
out the world31. Trophozoites measure 9 µ to 20 µ long,
while cysts measure 6 µ to 18 µ in diameter9 (Figure 21.3).
Infections have been associated with diarrhea in humans32,
but its pathogenicity for laboratory primates is unknown.

Entamoeba coli
Entamoeba coli is the most common amoeba found in
humans and is also very common in other primates9,29,33.
Entamoeba coli occurs in the cecum and colon of rhesus
monkeys, cynomolgus monkeys, other macaques, green
monkeys, baboons, gibbons, orangutans, chimpanzees,
gorillas, other nonhuman primates, and pigs throughout
the world. It is common in laboratory primates obtained
from their natural habitat16,22,30,34 (Figure 21.3). Like other
amoeba, E. coli reproduces by binary fission and is trans-
mitted by ingestion of cysts. Trophozoites measure 15 µ to
50 µ in diameter (usually 20 µ to 30 µ) while the cysts mea-
sure 10 µ to 33 µ in diameter9. Incidence at the Tulane
National Primate Research Center is 90% in monkeys with
diarrhea, though E. coli is not considered a pathogen35.

Entamoeba dispar
Entamoeba dispar is morphologically identical to E. his-
tolytica but differs in that it is nonpathogenic. Entamoeba
dispar is more prevalent than E. histolytica. Entamoeba dis-
par may be differentiated from E. hartmanni solely on the
basis of size, and can be differentiated from E. histolytica
on the basis of zymodeme analysis and PCR assay36.

Entamoeba gingivalis
Entamoeba gingivalis occurs in the mouth of rhesus mon-
keys, cynomolgus monkeys, baboons, chimpanzees, and
humans throughout the world9. Trophozoites may be
found between the teeth, under the edge of the gums, and
in the tartar. Trophozoites measure 5 µ to 35 µ long (usu-
ally 10 µ to 20 µ). Entamoeba gingivalis thrives on diseased
gums and was once thought to cause pyorrhea in humans.
Trophozoites feed on leucocytes, epithelial cells, bacteria,
and rarely, erythrocytes. There are no cysts, and transmis-
sion is generally by oral contact. It is common in pri-
mates17 and is usually associated with diseased gums but is
itself considered nonpathogenic.
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Entamoeba hartmanni
Entamoeba hartmanni closely resembles E. histolytica and
has now been accepted as the name for the “small race” E.
histolytica in the older texts. It is considered nonpatho-
genic9 and is differentiated from E. histolytica essentially
on the basis of its smaller size (Figure 21.3). The incidence
and distribution of E. hartmanni in laboratory animals are
unknown because in the past it has been confused with E.
histolytica. It has been reported in the cecum and colon of
rhesus monkeys and humans in North America, and prob-
ably occurs throughout the world. Two types of Enta-
moeba with tetranucleate cysts were seen in one study of
naturally infected monkeys37. The smaller race was
undoubtedly E. hartmanni.

Entamoeba histolytica
Morphology. Entamoeba histolytica trophozoites measure
12 µ to 15 µ in diameter9,38 (Figure 21.3). The nucleus is
vesicular and contains a small, central endosome with a ring
of small, peripheral granules9. Cysts measure 10 µ to 20 µ in
diameter and have four nuclei when mature. Rod-like chro-
matoid bodies with rounded ends are often present.

Hosts. Entamoeba histolytica (Syn. Entamoeba cau-
date) occurs in the cecum and colon of most primates,
including humans, throughout the world9. Infections have
been reported in a number of species16,17,39–42, including
rhesus monkeys37,40, cynomolgus monkeys, pigtail mon-
keys, bonnet monkeys, green monkeys, baboons29,33, lan-
gurs, capuchins, spider monkeys40, howler monkeys,
woolly monkeys, marmosets8, gibbons, orangutans, and
chimpanzees20,34,42. This organism is apparently common
in Old World monkeys but uncommon or rare in New
World monkeys obtained from their natural habitat17.
Although the infection rate in nature is often low, it can
increase rapidly in the laboratory and persist for an
extended period42.

Life Cycle. Reproduction is by binary fission9. The
amoeba becomes round and small before encysting. A cyst
wall is produced, and the nucleus divides twice, producing
four small nuclei. Nuclei emerge from the cyst and divide,
and the organism separates into eight minute amoebas,
each of which grows into a trophozoite. Transmission is by
ingestion of cysts passed in the feces of chronic carriers.
Hosts with dysentery only pass trophozoites and are not
important sources of infection.

Pathologic Effects. Pathologic effects include chronic,
mild colitis, characterized by congestion, petechial hemor-
rhages, and ulcers37,42,43,44,45. Trophozoites initially invade
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the mucosa and form small colonies. These colonies then
extend into the submucosa and occasionally the muscu-
laris. They produce typical bottle- or flask-shaped ulcers
(Figure 21.4)46 that range in size from a few millimeters to
large, confluent lesions involving wide areas of the colon.
Trophozoites are present in and adjacent to the ulcers but
tissue reaction is minimal in the absence of secondary bac-
terial invasion. Trophozoites sometimes enter the lymphat-
ics but are generally filtered out in the lymph nodes.
Occasionally trophozoites enter the mesenteric venules and
are carried to the liver, lungs, brain, and other organs,
where they cause abscesses which may reach several cen-
timeters in diameter.

Clinical Disease. In most cases, infection with E. his-
tolytica causes few if any clinical signs of disease. However,
strains differ in virulence. Other variables affecting patho-
genicity include the species and nutritional status of the
host, environmental factors, and the enteric bacterial flora.
New World monkeys are more susceptible to developing
clinical disease than Old World monkeys17. The most
common clinical sign is diarrhea, which may be hemor-
rhagic9,40,42.

Diagnosis. Diagnosis is made by microscopic identifi-
cation of the organism in the feces or from ulcers9. Com-
mercially available ELISA tests are often the best approach
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in the absence of trained microscopists47,48. For example, the
ProspecT© microplate assay kit (Remel, Inc., Lenexa, KS)
gives very satisfactory results. Because E. histolytica is com-
mon and often minimally pathogenic in NHP, other pos-
sible causes of enteritis must be considered. It is important
to differentiate E. histolytica from nonpathogenic amoebae.

Treatment and Prevention. Infections can be treated
with metronidazole. Sanitation is important in the preven-
tion of amoebiasis. Trophozoites are readily destroyed with
common disinfectants, but cysts are more resistant, and hot
water or steam is required to kill them49,50. Because E. his-
tolytica is common in primates, all animals in a colony
should be examined periodically. New animals should be
quarantined for at least two months, and they should be
examined several times during this period. Infected animals
should be treated whether or not they show signs of disease.

Public Health Considerations. Entamoeba histolyt-
ica causes amoebic dysentery, a serious human disease.
Because of the high incidence of E. histolytica in nonhu-
man primates, all NHP should be considered infected and
handled with care. Humans have acquired the pathogen
from laboratory primates, and animal technicians and
caretakers who work with primates obtained from their
natural environment are at greater risk of infection.

Iodamoeba butschlii
Iodamoeba butschlii is common in the cecum and colon of
rhesus monkeys, cynomolgus monkeys, other macaques,
green monkeys, other guenons, mangabeys, mandrills,
baboons, capuchins, chimpanzees, gorillas, and humans
throughout the world9,16,20–22. Infections are also common
in laboratory primates obtained from their natural habitat.
The incidence of this apparently harmless commensal at the
Tulane National Primate Research Center is 6% according
to the most recent survey. Trophozoites measure 4 µ to 20 µ
long (usually 9 µ to 14 µ) while cysts measure 5 µ to 14 µ
long (usually 8 µ to 10 µ) (Figure 21.3).

Phylum Apicomplexa

Class Piroplasmidia

Entopolypoides macaci
Entopolypoides macaci is a Babesia-like piroplasm that is
found in the erythrocytes of several species of monkeys and
baboons51. Early forms appear as fine rings with a large
vacuole but later stages include appliqué forms and Mal-
tese cross forms similar to Babesia. In susceptible animals
the parasite produces prolonged and intense parasitemia

Fig. 21.4 Entamoeba histolytica infection in a capuchin. Typical
bottle- or flask-shaped intestinal ulcer. Reproduced from Vickers, J.H.
(1969) with permission.
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but does not seem to be pathogenic beyond a mild anemia.
Susceptible NHP include guenons, patas monkeys,
baboons, and some macaque species. Other macaques,
capuchins, owl monkeys, and chimpanzees are refractory
to experimental blood inoculation. The vector is
unknown. Recent evidence based on rRNA suggests that
Entopolypoides may be synonymous with Babesia52. This
conclusion is also consistent with the variation seen in the
prepatent period and course of infection in different hosts.
Treatment with 4 aminoquinolines (chloroquine) is not
effective; however primaquine (4 mg/kg for three days)
appears to be effective. It is unknown whether humans are
susceptible to infection with E. macaci.

Class Haemosporidia

Hepatocystis kochi
Hepatocystis kochi is largely confined to arboreal mammals of
the Old World tropics and is apparently absent from New
World species. Hepatocystis kochi is common in African green
monkeys, whereas oriental monkeys harbor H. semnopitheci.
The genus is characterized by having only circulating game-
tocytes (Figure 21.5) and many assume it is a more primitive
ancestor of Plasmodium53. The liver stage (merocyst) is
macroscopic and not easily overlooked at necropsy. When
the merozoites burst from the merocyst a portion invade red
cells and a small percentage reinvade the liver parenchyma to
continue a cycle of pre-erythrocytic schizogony, resulting in
multifocal hepatic lesions (Figure 21.6). Hepatocystis kochi
appears to be nonpathogenic for the NHP host.

The vector is a gnat of the genus Culicoides. The
prepatent period is two months and erythrocytic rings
require four days to mature to gametocytes, which live
approximately a month in the peripheral blood. Para-
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sitemia may reach high levels (220,000/ml of blood),
although animals appear to tolerate the infection well with
no signs of disease.

Plasmodium inui
Morphology. Plasmodium inui appears as early ring forms
(trophozoites) with a single large nucleus. Stippling (similar
to Zeimann’s stippling) is evident as the trophozoites grow,
and band forms, similar to those of P. malariae, are often
seen. Schizonts appear after 48 hours and the merozoites
number up to 18 with 12 being the usual number. The
macrogametocyte stains light blue and pigment is evident.
The microgametocyte is reddish purple with a prominent
nucleus on Giemsa staining. The pre-erythrocytic forms
have been described54.

Hosts. The natural hosts of P. inui include macaques,
Celebes black apes (Cynopithecus niger), and langurs (Pres-
bytis sp.). Essentially all primate species normally found in
Southeast Asia are susceptible to infection.

Life Cycle. Plasmodium inui is a quartan malarial par-
asite with a 72-hour asexual cycle in the circulating blood.
Mosquito species in the United States, including Anopheles
quadrimaculatus, are suitable intermediate hosts.

Pathologic Effects and Clinical Disease. Pathologic
effects are limited to mild anemia. Thus, clinical signs are
typically absent, though immunocompromised animals
may be more severely affected.

Diagnosis. Parasites may appear in the blood in
response to the stress of capture or shipping55. Definitive
diagnosis is by evaluation of thick and thin Giemsa-stainedFig. 21.5 Hepatocystis kochi in the blood of a monkey.

Fig. 21.6 Hepatocystis kochi (arrows) in the liver of an African green
monkey (Cercopithecus aethiops). Courtesy of Dr. Peter Didier.
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blood smears. Dipstick tests that detect circulating anti-
gens may be useful but suffer from cross reactivity with
other Plasmodium sp. PCR can be used to type isolates and
is equivalent in sensitivity to thick blood smears. Nested
PCR can also be used if necessary.

Treatment and Prevention. Infected animals should
be treated with chloroquine phosphate (7 mg/kg for five
days), which can be given orally or intramuscularly. Oral
administration of mefloquine is also effective (20 mg/kg,
one treatment). Incoming animals should be evaluated
prior to release into the animal colony.

Public Health Considerations. Humans may
become infected with P. inui.

Plasmodium sp.
At least 20 species of Plasmodium have been identified in
lemurs, monkeys and apes, in addition to the four species
which normally parasitize humans (P. vivax, P. falciparum, P.
ovale, P. malariae) and which have been shown to infect some
primate species56. Determination of Plasmodium species is
best accomplished with full color plates and descriptions of
each stage of the parasite. Life cycles are similar to those of
Plasmodium sp. found in non-human primates.

PHYLUM MICROSPORA

Microsporidia are single-celled, obligate intracellular fungi.
Fifteen species are known to infect mammals, including
NHP. Although they have been recently reclassified as
fungi, they are included in this text for historical reasons.
Encephalitozoon cuniculi and Enterocytozoon bieneusi have
been reported from NHP57. The infections are often clini-
cally silent, and chronic in immunocompetent hosts. Ente-
rocytozoon bieneusi primarily infects the gall bladder and
biliary tract in rhesus macaques. Lesions include biliary
epithelial hyperplasia and periportal fibrosis. The infection
may be more disseminated in immunocompromised ani-
mals58. Diagnosis is by identifying the organism in urine,
stool, or respiratory secretions with modified trichrome
stains. Treatment options are few. Drugs used to treat
human infections include albendazole or fumagillin, an
antibiotic and anti-angiogenic derived from Aspergillus.

PHYLUM CILIOPHORA

Balantidium coli

Morphology, Hosts, and Life Cycle. The morphology of
Balantidium coli (Syn. Balantidium aragaoi, B. cunhamunizi,
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B. philippinensis, B. rhesum, B. simile, B. suis, B. wenrichi) is
described in Chapter 19, Parasites of Swine. Balantidium coli
is common in the cecum and colon of many species of NHP
including rhesus monkeys, cynomolgus monkeys, spider
monkeys, howler monkeys, capuchins, baboons, orangutans,
chimpanzees, and gorillas3,20–22,34,43. Infections are common
in laboratory primates and incidences as high as 14% and
84% have been reported in captive rhesus monkeys and
chimpanzees, respectively10. The life cycle is described in
Chapter 19, Parasites of Swine.

Pathologic Effects and Clinical Disease. Balantid-
ium coli is not normally considered a primary pathogen59

but may appear as a secondary invader of lesions initiated
by pathogenic bacteria or viruses. When B. coli serves as a
primary pathogen infection is associated with diarrhea and
ulcerative enteritis (Figure 21.7). Ulcers may extend to the
muscularis mucosae and be accompanied by lymphocytic
infiltration and occasionally coagulation necrosis and
hemorrhage. Organisms often occur in groups in the tis-
sues or in the capillaries, lymphatics, and regional lymph
nodes.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identifying the organism in characteristic lesions. The
presence of concomitant pathogenic microorganisms must
be considered. Treatment consists of oral metronidazole or
oxytetracycline. Sanitation prevents infection, and the
elimination of starches from the diet controls the infection
by removing an important source of nutrients for the
organism. Good nutrition and the routine treatment of
newly arrived asymptomatic carriers are recommended17.

Fig. 21.7 Balantidium coli in the colon of a rhesus macaque. Courtesy
of Dr. Peter Didier.
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Public Health Considerations. Animal workers are
susceptible to infection with B. coli. Thus, primate care per-
sonnel should practice excellent personal hygiene. Immune-
compromised people suffer more severe infections, and
therefore should not work with infected primates.

Troglodytella abrassarti

Morphology. Troglodytella abrassarti trophozoites are
ellipsoidal and flattened and measure 145 µ to 174 µ long
by 87 µ to 126 µ wide60,61 (Figure 21.8). Trophozoites pos-
sess three zones of membranelles, or cirri, and an adoral
zone. The zones of cirri are arranged in incomplete circlets,
which give the impression that they would form a spiral if
they were continuous. There is a continuous or noncontin-
uous anterior zone on the ventral surface, a continuous
posterior zone on the dorsal surface, and a small zone
between them on each side. There are skeletal plates
beneath the surface in the anterior region. The macronu-
cleus is L-shaped, and there are about eight contractile
vacuoles arranged in two circles or parallel to the bands of
cirri.

Hosts and Life Cycle. Troglodytella abrassarti occurs
in the cecum and colon of the chimpanzee in central Africa
and has been reported in laboratory chimps newly
imported into the United States34. Infections are more
common in recently captured chimpanzees than in those
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maintained in captivity. The life cycle has not been
described but is presumed to be direct.

Pathologic Effects and Clinical Disease. Troglodytella
abrassarti is usually considered nonpathogenic, but it has
been cited as a possible cause of colitis in chimpanzees62.

Diagnosis, Treatment, and Prevention. Tentative
diagnosis is made by identifying the organism in the feces
or colon in association with colitis. Because T. abrassarti is
probably nonpathogenic, it is important to investigate
other possible causes of colitis. No control or treatment
measures have been reported.

Public Health Considerations. Troglodytella abras-
sarti is of no known public health importance.

TREMATODES

Athesmia foxi
Morphology. Adult flukes are long and slender, measuring
about 8.5 mm long by 0.7 mm wide (Figure 21.9). The egg
is ovoid and golden brown, has a thick shell and operculum,
and measures 27 µ to 34 µ long by 17 µ to 21 µ wide63.

Hosts and Life Cycle. Athesmia foxi occurs in the bile
duct of capuchins, squirrel monkeys, tamarins, and titi mon-
keys of northern South America, and in a wild rat (Rattus
argentiventer) in the Malay Peninsula63. Infections are com-
mon in laboratory primates obtained from South America.
Incidences of 43% in 16 capuchins64 and 8% in 455 tamarins

Fig. 21.8 Troglodytella abrassarti trophozoite. (Left) Ventral view. (Right) Dorsal view. Reproduced from Kudo, R.R. (1966) with permission.
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have been reported65. The life cycle is not completely known,
but is known to include a mollusk intermediate host.

Pathologic Effects and Clinical Disease. Heavy
infections with A. foxi occur17 and cause enlargement and
partial obstruction of the bile duct (Figure 21.10). The
epithelial lining is inflamed and may become necrotic64.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating adult flukes in the bile duct at necropsy,
or by demonstrating the eggs in the feces. Because of the
need for an intermediate host, transmission in the labora-
tory cannot occur and no special control procedures are
required. No treatment is reported.

Public Health Considerations. Athesmia foxi has not
been reported from humans. Because of the need for an
intermediate mollusk host, infected laboratory animals are
not a direct hazard to humans.

Gastrodiscoides hominis

Gastrodiscoides hominis occurs in the cecum and colon of
cynomolgus monkeys, pigs, and humans in India, Southeast
Asia, Indonesia, and the Philippine Islands66,67. In the past,
infections were common in laboratory monkeys68. In one sur-
vey, 21.4% of roughly 1,200 cynomolgus monkeys were
found to be infected64. The adult is a small orange-red fluke
(Figure 21.11)67,68,69,70. Adult flukes measure 6 mm long by
3 mm wide and have a cuplike discoidal hind body, a cone-
shaped anterior end, and a small anterior sucker. The egg is
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operculated and spindle-shaped, has bluntly rounded ends,
measures 150 µ to 152 µ long by 60 µ to 72 µ wide, and is
unembryonated when passed66 (Figure 21.12). Gastrodis-
coides hominis usually occurs in large numbers in infected ani-
mals66 (Figure 21.13), and causes mucous diarrhea and mild,
chronic enteritis66. Diagnosis is based on demonstration of
the eggs in the feces or adult flukes in the cecum and colon.

Schistosoma sp.

Morphology. Schistosomes typically occur in pairs with
the long, slender female residing within the sex canal of the

Fig. 21.9 Athesmia foxi adult.

Fig. 21.10 Athesmia foxi in the bile duct of a monkey.

Fig. 21.11 Gastrodiscoides hominis adult. Reproduced from Graham,
G.L. (1960) with permission.
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short, muscular male66 (Figure 21.14). The male of Schis-
tosoma japonicum measures 12 mm to 20 mm long by 0.5
mm wide. Female flukes measure 15 mm to 30 mm long
by 0.1 mm to 0.3 mm wide. The egg is spineless, rotund,
70 µ to 100 µ long by 50 µ to 65 µ wide, and fully embry-
onated when passed in the feces (Figure 21.15).

The male of S. mansoni measures 6.4 mm to 9.9 mm
long and the female measures 7.2 mm to 14 mm long. The
egg is elongated to ovoid, measures 114 µ to 175 µ long by
45 µ to 68 µ wide, is rounded at both ends, has a lateral
spine (Figure 21.15), and is fully embryonated when
passed in the feces.

The male of S. haematobium measures 10 mm to
15 mm long and about 1 mm in diameter. The female
measures 20 mm long by 0.25 mm wide. The egg is elon-
gated to ovoid, measures 112 µ to 117 µ long by 40 µ to 70
µ wide, is rounded at the anterior end, has a posterior ter-
minal spine (Figure 21.15), and is fully embryonated when
passed.

Hosts. Schistosoma mansoni occurs in the mesenteric
veins of squirrel monkeys, guenons, baboons, and humans
in the West Indies, South America, and Africa71–73. Infec-
tions are common in baboons obtained from their natural
habitat but rare in squirrel monkeys and guenons.
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Fig. 21.12 Gastrodiscoides hominis egg. Reproduced from Faust, E.C.
(1949) with permission.

Fig. 21.13 Gastrodiscoides hominis adults in the colon of a monkey.
Reproduced from Whitney, R.A., Johnson, D.J., and Cole, W.C.
(1967) with permission.

Fig. 21.14 Schistosoma mansoni male and female. Courtesy of
Marietta Voge, University of California.
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Schistosoma haematobium occurs in the pelvic and mesen-
teric veins of guenons, baboons, chimpanzees, and humans
in southern Europe, Africa, and western Asia66,72,74. Infec-
tions are common in baboons obtained from their natural
habitat but rare in guenons and chimps. Schistosoma japon-
icum has been reported from Macaca fasicularis and M.
fasicularis phillippinensis. Although all three species of
Schistosoma are serious pathogens for humans66, they are of
little importance in laboratory animals and are usually
observed only at necropsy.

Life Cycle. The life cycles for all three species of Schis-
tosoma are similar. Eggs are excreted by the host in the feces
(S. japonicum, S. mansoni) or in the urine (S. haematobium).
Eggs hatch in water and the released miracidia penetrate
snails, in which they develop into cercariae before emerg-
ing into the surrounding water. Infection of the endother-
mal host occurs by skin penetration of the cercariae and
possibly by ingestion of contaminated water. The cercariae
develop while migrating through the tissues and eventually
reach the mesenteric or pelvic vessels as young worms. The
complete life cycle requires eight to 12 weeks; adult worms
sometimes live for 20 to 30 years.

Pathologic Effects and Clinical Disease.The principal
effects are caused by the eggs66. Adult flukes in the mesenteric
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vessels deposit their eggs in the venules of the intestine; those
in the pelvic vessels deposit their eggs in the venules of the
urinary bladder74. Some eggs escape from the venules, filter
through the intestinal and bladder walls, and eventually
break through into the lumen. Other eggs enter the circula-
tion as emboli. These become lodged in various tissues where
they often cause severe foreign-body reactions. Granulomas
also occur in the liver, brain, spleen, and other organs75

(Figure 21.16). Clinical signs include pyrexia, hemorrhagic
diarrhea or hematuria, and ascites.

Diagnosis, Treatment, and Prevention. Diagnosis is
by demonstrating eggs in the feces or urine, or adult
worms in the blood vessels at necropsy. Kato-Katz fecal
smears as well as formalin-ether sedimentation can aid
diagnosis of intestinal schistosomes. Syringe filtration
methods for urine are less than satisfactory and sedimenta-
tion flasks using a volume of urine are preferred. PCR may
be of some use, although the number of eggs shed in a
given infection usually makes diagnosis relatively straight-
forward. Natural transmission cannot occur in the labora-
tory; therefore no special control procedures are required.
Treatment consists of oral administration of praziquantel.

Public Health Considerations. Although schistoso-
miasis is one of the most important diseases of humans,

Fig. 21.15 Schistosoma eggs. (A) S. japonicum. (B) S. mansoni. (C) S. haematobium. Courtesy of Marietta Voge, University of California.
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infected laboratory animals are not a direct hazard for ani-
mal workers because of the requirement for an intermedi-
ate host. However, because of the importance of this
disease in humans, excreta from infected animals should be
decontaminated before being discarded.

CESTODES

Bertiella studeri

Morphology. Adult Bertiella studeri (Syn. Bertiella cercop-
itheci, B. conferta, B. satyri, Bertia polyorchis) measure 10
cm to 30 cm long by 1 cm wide76. The scolex is devoid of
hooks. The segments are about eight times wider than they
are long (Figure 21.17) and contain only one set of male
and female reproductive organs. Gravid proglottids are
filled with eggs enclosed in a sac-like uterus. Eggs are thin-
shelled, measure 38 µ to 45 µ in diameter, and contain an
embryo which is surrounded by a pyriform inner shell
with a bicornate protrusion.

Hosts and Life Cycle. Bertiella studeri is a cyclophyl-
lidean tapeworm known to occur in the small intestine of
rhesus monkeys, cynomolgus monkeys, Japanese
macaques, guenons, mandrills, baboons, gibbons, chim-
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panzees, orangutans, and humans in Africa and Asia. Lab-
oratory primates obtained from the wild are frequently
infected. Typical incidences are 3.6% to 14% in the rhesus
monkey77, 1.4% to 5.3% in the cynomolgus monkey78,
7.1% in the Japanese macaque79, and 7.7% in baboons33.
Eggs passed in the feces are ingested by various free-living
oribatid mites76. The larva develops in the mite, and the
vertebrate host becomes infected by accidentally ingesting
an infected mite with vegetation.

Pathologic Effects and Clinical Disease. Bertiella
studeri causes no apparent clinical signs or lesions.

Diagnosis, Treatment, and Prevention. Infections
are most often diagnosed by observing worms in the stool.
Treatment is generally not warranted. Preventing exposure
to intermediate hosts prevents the pathogen from estab-
lishing in the animal colony.

Public Health Considerations. Bertiella studeri
infects humans but should not be a hazard in animal
colonies, provided that the intermediate host is excluded.

LEECHES

Dinobdella ferox

Morphology. Dinobdella ferox measures 3.5 cm to 6.0 cm
long and 0.5 to 0.8 cm wide80,81 (Figure 21.18). Like other
leeches, D. ferox has a dorsoventrally flattened body which
is dark red when engorged80,81.

Hosts. This leech is widespread in southern Asia,
where it frequently invades the pharynx of ruminants and
occasionally the upper respiratory tract of dogs, monkeys,
and humans. Dinobdella ferox may be a common inhabi-
tant of the nasal cavities of macaques obtained from their

Fig. 21.16 Schistosoma mansoni egg in the liver tissue of an experi-
mentally infected chimpanzee. Reproduced from Sadun, E.H., von
Lichtenberg, F., Hickman, R.L., Bruce, J.I., Smith, J.H., and Schoen-
bechler, M.J. (1966) with permission.

Fig. 21.17 Bertiella studeri from a rhesus macaque. Courtesy of
Maury Duplantis.
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natural habitat80,81. Incidence rates of 4% to 6% have been
observed in laboratory macaques82. Laboratory monkeys
obtained from endemic areas, particularly Taiwan, are
likely to be infected.

Life Cycle. The life cycle is similar to that of Limnatis
nilotica, which is described in Chapter 17, Parasites of
Dogs. Primates often become infected while drinking.
Leeches attach to the mucosa of the upper respiratory tract
or pharynx, suck blood, and remain attached for weeks82

or months80 until mature.
Pathologic Effects and Clinical Disease. Infection

with one or two parasites usually produces few signs, but
severe infection causes restlessness, epistaxis, anemia,
weakness, asphyxiation, and sometimes death82. Lesions
consist of mild, localized, chronic inflammation of the
nasopharyngeal mucosa with increased mucus production.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on recognition of the leech. Infection in macaques is
most easily detected by examining the host’s nares with a
flashlight82. When the monkey is initially handled, the
parasite withdraws from view, but it will reappear if the
host is held quietly82 (Figure 21.19). Newly acquired ani-
mals from endemic areas should be examined on arrival
and treated if infected. The leech is usually removable by
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gentle traction with forceps82. If forceps alone are insuffi-
cient, spraying the leech lightly with an insecticide is often
helpful.

Public Health Considerations. Although D. ferox
readily feeds upon humans, exposure under laboratory
conditions is unlikely. However, care should be taken
when removing leeches from affected animals.

NEMATODES

Superfamily Rhabditoidea

Strongyloides cebus

Morphology. The parasitic female worm is filiform, mea-
sures 2 mm to 5 mm long by 30 µ to 80 µ wide, and has a
short pointed tail, a small buccal capsule, and a narrow
cylindrical esophagus that extends a quarter of the length
of the worm. The vulva, which is in the posterior third of
the body, opens into opposed uteri with reflexed ovaries.
Parasitic males have not been observed. The egg measures
40 µ to 70 µ long by 20 µ to 35 µ wide (Figure 21.20).
Eggs are thin-shelled, transparent, and embryonated when
passed by the female worm, and they hatch while in transit
within the intestine. The first-stage rhabditiform larvae

Fig. 21.18 Dinobdella ferox. Reproduced from Pryor, W.H., Bergner,
J.F. Jr., and Raulston, G.L. (1970) with permission.

Fig. 21.19 Dinobdella ferox extending from the nares of a Formosan
macaque. Reproduced from Pryor, W.H., Bergner, J.F. Jr., and
Raulston, G.L. (1970) with permission.
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measure 150 µ to 390 µ long when passed in the feces but
grow rapidly to 800 µ long. Larvae have a short, muscular
esophagus that ends in a valved bulb preceded by a con-
striction.

Hosts. Strongyloides cebus occurs in monkeys in
Central and South America. Infections are common in
squirrel monkeys, woolly monkeys, capuchins, and spider
monkeys83.

Life Cycle. Soil-dwelling adults may continue
through successive free-living generations before initiating
an infective larval stage, which enters a suitable host via
penetration of the host’s skin or oral mucosa. Larvae
migrate through the bloodstream to the heart and lungs,
pass up the trachea to the mouth, and are swallowed to
establish infection with adult parthenogenic female worms
in the duodenum and jejunum. Re-infection by rapidly
molting larvae passing through the intestines increases
worm burdens significantly (hyperinfection). Modification
of this pattern of infection, termed autoinfection, occurs
when third-stage infective larvae pass through the anus and
penetrate the perianal or perineal skin. Both of the latter
routes involve blood-borne migration via the portal system
to the liver, heart, and lung, and then air duct passage to
the mouth, followed by the intestinal phase.

Pathologic Effects and Clinical Disease. Infection is
usually mild or unapparent but sometimes it is severe,
especially in debilitated, caged primates. When present,
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pathologic effects typically occur in three distinct phases,
each with characteristic signs and lesions: the invasion
phase, migratory phase, and intestinal phase84.

The invasion phase occurs when infective larvae pene-
trate the skin or buccal mucosa. Invasion may be accompa-
nied by local irritation, pruritus, and erythema.

The migratory phase occurs when infective larvae are
carried by the venous circulation to the heart and lungs,
break into the alveoli, enter the bronchi, and are coughed
up and swallowed. In mild infections this phase usually
produces only a sporadic cough. In massive infections,
especially in young or debilitated animals, larval migration
produces an acute local inflammatory reaction around the
affected alveoli, as well as occasional bronchopneumonia,
pericarditis, pulmonary hemorrhaging, and death17,85.

During the intestinal phase, worms penetrate the
intestinal crypts and burrow into the glandular epithelium.
Often the intestinal mucosa is riddled with worms. The
intestinal phase is characterized by diarrhea, which may
become hemorrhagic and/or chronic17. Other clinical
signs include listlessness, debilitation, anorexia, emacia-
tion, reduced growth rate, and sometimes prostration and
death17,84. Lesions observed at necropsy are those of an
acute enteritis, sometimes hemorrhagic and necrotic84,
and are occasionally accompanied by secondary peritonitis
and eosinophilia and increased lymphoid tissue in the
jejunum.

Diagnosis. Diagnosis is based on clinical signs and
identification of the eggs or larvae in the feces, using either
a direct smear or ZnSo4 flotation. If the fecal specimen is
contaminated with soil, one must be careful to differenti-
ate Strongyloides larvae from free-living larvae67. Adult
worms may also be observed at necropsy. They are usually
confined to the anterior small intestinal epithelium and are
thin, transparent, and difficult to see.

Treatment and Prevention. Sanitation and manage-
ment are the primary methods of control. Because first-
stage larvae passed in the feces can develop into third-stage
infective larvae within 48 hours, it is important that feces
be removed daily and that food and water be kept free of
contamination34,86. Particular care must be taken to pre-
vent the free-living stages from reproducing in cages.
Because moisture is essential to the survival of larvae, keep-
ing surfaces dry greatly aids in controlling this parasite.
Newly acquired primates should be examined on arrival
and treated if infected. Infections may be effectively
treated with ivermectin (400 µg/kg IM) diluted in sterile
propylene glycol. Alternatively, moxidectin (500 µg/kg)

Fig. 21.20 Strongyloides fülleborni egg. Reproduced from Tanaka, H.,
Fukui, M., Yamamoto, H., Hayama, S., and Kodera, S. (1962) with
permission.
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can be applied topically and may offer some advantages
over ivermectin87.

Public Health Considerations. Strongyloides cebus is
not known to infect humans.

Strongyloides fülleborni

Morphology. Strongyloides fülleborni is morphologically
similar to S. cebus.

Hosts. Strongyloides fülleborni is found in macaques,
guenons, baboons, chimpanzees, and occasionally, humans
in Africa and Asia. Infections are common in rhesus mon-
keys16,30,43,88, cynomolgus monkeys16,88,89, chimpanzees34,
and other laboratory primates17. At one time, approxi-
mately 23% of captive primates housed at Tulane National
Primate Research Center were infected with S. fülleborni10.

Life Cycle. The life cycle is as described for S. cebus. In
addition to larval penetration of the skin or intestinal
mucosa, S. fülleborni may also be transmitted via placental
or colostral transfer. Evidence for prenatal or early post-ges-
tational transmission consists of unpublished reports that
75% of nursing infants at the California National Primate
Research Center excreted S. fülleborni ova, while only 16%
of their mothers were found to be shedding ova in their
feces. In fact, the youngest monkeys found positive were
only 12 days old. Interestingly, transmission of S. fülleborni
by mothers’ milk has been shown in humans in Africa90.

Pathologic Effects and Clinical Disease. The patho-
logic effects and clinical disease are similar to those
described for S. cebus. In young, debilitated or malnour-
ished primates subject to massive infection and re-infec-
tion with S. fülleborni, mortality is sometimes high67.

Diagnosis, Treatment, and Prevention. These
aspects are similar to those described for S. cebus.

Public Health Considerations. Strongyloides fülle-
borni may be transmitted from monkeys and chimpanzees
to humans17. Animal care personnel should be alerted to
this risk and instructed in proper personal hygiene and safe
methods of handling infected animals and excrement.

Superfamily Oxyuroidea

Enterobius vermicularis

Morphology. Adult male Enterobius vermicularis measures
2 mm to 5 mm long by 0.1 mm to 0.2 mm wide. Adult
female worms measure 8 mm to 13 mm long by 0.3 mm to
0.5 mm wide and are frequently laden with eggs. Eggs are
slightly flattened on one side and measure 50 µ to 60 µ
long by 20 µ to 30 µ wide91 (Figure 21.21).
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Hosts. Enterobius vermicularis is the common pin-
worm of humans, but also readily infects captive chim-
panzees, gibbons, and marmosets17. Wild NHP are rarely
infected, but may become infected in captivity17,78. Cross
infection between simian primates and humans occurs
readily in captivity17, but in nature, each genus of primate
probably has its own species of parasite92.

Fig. 21.21 Enterobius vermicularis (A) Male. (B) Female. (C) Embry-
onated egg. Reproduced from Little, M.D.(1966) with permission.
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Life Cycle. The life cycle is direct66. Eggs are
deposited by the adult female in the perianal or perineal
region and contain fully developed larvae within six hours.
Infection is by ingestion of infective eggs. The eggs hatch
in the small intestine and reach maturity in the large intes-
tine. The complete life cycle requires 15 to 28 days. In
humans, aberrant migration of worms may result in
worms in the appendix or ovary.

Pathologic Effects and Clinical Disease. Infection is
associated with perianal pruritus, restlessness, and
increased aggressiveness93. Enteric pathology is rare, even
with heavy infections.

Diagnosis, Treatment, and Prevention. Diagnosis is
usually made by demonstrating adult worms emerging
from the anus or by identifying eggs recovered from the
perianal region66. Many biological supply houses (Trend,
Inc.) sell sticky paddles for pinworm diagnosis in children
and these are similarly useful for sampling NHP. Control is
difficult, owing to deposition of large numbers of infective
eggs on the host skin and the absence of an immune
response which permits repeated autoinfection or cross
infection. Control may be accomplished only by extreme
measures of sanitation and mass treatment of all animals in
a colony at the same time, or by initiating a new colony by
Caesarean rederivation. Treatment of simian primates with
ivermectin has been reported to be effective.

Public Health Considerations. Not only are natu-
rally infected primates potential sources of human infec-
tion, captive primates can acquire E. vermicularis from
animal workers.

Superfamily Strongyloidea

Oesophagostomum sp.

Morphology. Primates are susceptible to infection with
multiple species of Oesophagostomum, or “nodular” worms.
Adult O. apiostomum measure 8 mm to 10.5 mm long by
0.2 mm to 0.3 mm wide86. The eggs of Oesophagostomum
are typical strongyle-type eggs. Eggs of O. apiostomum
measure 60 µ to 63 µ long by 27 µ to 40 µ wide, while eggs
of O. aculeatum measure 69 µ to 86 µ long by 35 µ to 55 µ
wide (Figure 21.22)79,86.

Hosts. Oesophagostomum is the most common nema-
tode of Old World monkeys and apes17. Infections occur in
macaques, guenons, mangabeys, baboons, chimpanzees,
and gorillas. Humans are also susceptible. Infection with O.
apiostomum is considered most common17, but accurate
information on incidence rates and geographic distribution
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of the various species is lacking because identification often
ends at the genus level66. Oesophagostomum bifurcatum is
common in Africa and Asia, and incidence rates of 33% to
55% have been reported in rhesus monkeys recently
imported into the United States67. Oesophagostomum
aculeatum has been found in 28% to 62% of Japanese
macaques and cynomolgus monkeys78,79. An unidentified
species was found in 45% of chimpanzees recently
imported into the United States from Africa34, where O.
bifurcatum and O. stephanostomum are common66.

Life Cycle. Eggs are usually in an early division stage
when passed in the feces and, under favorable conditions,
hatch in 24 to 48 hours. Infection is by ingestion of an
infective larva66. The larva passes directly to the colon,
penetrates deeply into the mucosa, and induces the devel-
opment of a large, firm, encapsulated nodule. No visceral
migration occurs. The nodule ruptures in five to eight
days, and the worm escapes into the lumen and matures.

Pathologic Effects and Clinical Disease. Intestinal
nodules measure 2 mm to 4 mm in diameter and may
appear white, or black if hemorrhage has occurred within
the nodule. Occasionally an ulcer is seen in the intestinal
mucosa with an irregular fistulous tract leading to a nodule

Fig. 21.22 Oesophagostomum aculeatum egg. Reproduced from
Tanaka, H., Fukui, M., Yamamoto, H., Hayama, S., and Kodera, S.
(1962) with permission.
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in the muscularis mucosa86,88. Nodules in which the worm
is permanently encapsulated because of an immune
response by the host have caseous and often calcified cen-
ters86. Heavy infections may result in formation of fibrous
adhesions which may cause obstruction or ascites17. Heav-
ily infected animals may develop diarrhea, weight loss,
debilitation, and increased mortality17. Light infections are
usually unapparent.

Diagnosis. A tentative diagnosis is made in the living
animal by identification of the eggs in the feces. However,
because hookworm and Oesophagostomum eggs are similar,
a positive identification can be made only by identifying
the adult worm in the intestine.

Treatment and Prevention. Sanitation and manage-
ment, the primary methods of control, rapidly reduce the
incidence of infection in a colony86,94. Newly acquired pri-
mates should be examined on arrival and either treated or
eliminated, if infected. Infections may be eliminated with
ivermectin (400 µg/kg IM), diluted in sterile propylene
glycol. Treatment should be repeated in two weeks.

Public Health Considerations. Oesophagostomum
sp. has been reported in humans17,66. Animal workers
should practice excellent personal hygiene when working
with infected animals or excreta.

Ternidens diminutus

Ternidens diminutus occurs in the cecum and colon of
macaques, guenons, baboons, chimpanzees, gorillas, and
humans in Asia and Africa17,95,96. Morphologically, the
adult worms and eggs resemble those of Oesophagosto-
mum17,79. The eggs measure 57 µ to 65 µ long by 36 µ to
45 µ wide (Figure 21.23). The life cycle is similar to that of
Oesophagostomum. Incidences of 60% in green monkeys
and 76% in baboons have been reported in southern
Africa97. Infections are uncommon in laboratory monkeys,
with the exception of one older report in which incidence
was 21%67. Adult worms suck blood and may cause ane-
mia and cystic nodules in the colon wall. Methods of diag-
nosis and treatment are similar to those of
Oesophagostomum. Because T. diminutus infects humans,
animal workers should practice excellent personal hygiene
when working with infected animals or excreta.

Superfamily Trichostrongyloidea

Molineus sp.

Morphology. Adult Molineus are small, slender, pale red
worms98. Adult male worms measure 3 mm to 4.8 mm
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long, while adult female worms measure 3.2 mm to
5.3 mm long. The egg is ellipsoidal and measures 40 µ to
52 µ long by 20 µ to 29 µ wide (Figure 21.24).

Hosts and Life Cycle. Molineus torulosus occurs in
the small intestine of capuchins, squirrel monkeys, and
night monkeys in Brazil and Cebus spp. from South Amer-
ica98–101. Infections are common in capuchins obtained
from the wild but absent in those raised in the laboratory.
Molineus vexillarius occurs in the stomach and small intes-
tine of tamarins in Peru. Infections are common in wild
monkeys, with an incidence of 95% reported65, but absent
in laboratory-raised monkeys102. Molineus elegans occurs in
the small intestine of squirrel monkeys and capuchins in
Brazil, while M. vogelianus is found in pottos (Perodicticus)
in Africa98. The rates of infection with M. elegans and M.
vogelianus are unknown. The life cycle is unknown, but is
probably direct, typical of the superfamily. The larvae live
and mature in cysts on the small intestine. Adult worms
remain permanently encysted. Eggs are laid and make their
way to the intestinal lumen through narrow channels.

Pathologic Effects and Clinical Disease. Only
M. torulosus is pathogenic, causing hemorrhages and
necrotic ulcers in the intestinal wall and diverticula101.
Other Molineus spp. are less pathogenic.

Fig. 21.23 Ternidens deminutus egg. Reproduced from Tanaka, H.,
Fukui, M., Yamamoto, H., Hayama, S., and Kodera, S. (1962) with
permission.
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Diagnosis, Treatment, and Prevention. Diagnosis is
based on demonstrating eggs in the feces or adult worms in
the intestine or stomach at necropsy. Treatment strategies
have not been described, but sanitation and good manage-
ment may be sufficient. Laboratories that have experienced
heavy infections in newly acquired specimens report a
decline in incidence with time and an absence of the para-
site in laboratory-reared specimens65,102.

Public Health Considerations. Molineus is not
known to infect humans.

Nochtia nochti

Morphology. Adult Nochtia nochti are bright red and fili-
form103. Adult male worms measure 5.7 mm to 6.5 mm
long by 100 µ to 140 µ wide, while adult female worms
measure 7.6 mm to 9.9 mm long by 150 µ to 170 µ wide.
The egg is thin-shelled and ellipsoidal and measures 60 µ
to 80 µ long by 35 µ to 42 µ wide.

Hosts. Nochtia nochti occurs in the stomach of rhesus,
cynomolgus, and stumptail macaques in India, Indonesia,
and Thailand104. Although frequently unrecognized
because of its small size, N. nochti was found in 4.9% of
1,200 cynomolgus monkeys78 and 33% of 48 stumptail
macaques104 examined.

Life Cycle. The life cycle is direct103. Eggs laid by the
female embryonate in about 12 hours, hatch soon afterward,
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and reach the infective larval stage in about five to six days.
The method of infection is uncertain but is presumed to be
by ingestion of infective larvae.

Pathologic Effects and Clinical Disease. Nochtia
nochti causes the formation of apparently benign tumors,
which appear as hyperemic, cauliflower-like masses pro-
truding from the gastric wall at the junction of the fundus
and pylorus (Figure 21.25)104,105. Adult worms and eggs
may be found deep within each tumor. No worms occur
free in the stomach, and no tumors are produced else-
where.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on recognition of gastric tumors containing adult
worms. No treatment recommendations are available. It is
likely that treatment with avermectins would be curative.

Public Health Considerations. Nochtia nochti does
not infect humans.

Superfamily Spiruroidea

Streptopharagus sp.

Primates are susceptible to infection with the thelaziid
nematodes Streptopharagus armatus and S. pigmentatus.
Adult worms are found in the stomach of monkeys and
apes. Streptopharagus armatus occurs in macaques,
guenons, patas monkeys, baboons, and gibbons in the
United States, Japan, and Africa. It is common in the
cynomolgus monkey (10.5%) and Japanese macaque
(14.3%) but uncommon in the rhesus monkey (0.5%) and
other simian primates79,88. Streptopharagus pigmentatus
occurs in macaques, guenons, baboons, and gibbons in the
United States, Europe, Africa, and Asia. It is common in

Fig. 21.24 Molineus vexillarius egg.

Fig. 21.25 Nochtia nochti infection. Cauliflower-like masses (arrow)
protruding from the gastric wall of a macaque.
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rhesus monkeys (24%) but uncommon in cynomolgus
monkeys (3.3%) and other primates16,67,78. The eggs are
asymmetrical, measure 28 µ to 38 µ long by 17 µ to 22 µ
wide, have a thick shell, and are embryonated when passed
in the feces (Figure 21.26)89. Little is known of the life
cycle or pathologic effects of either species.

Superfamily Filaroidea

Morphology. Adult worms are slender and thin in the
posterior region and have a smooth or finely striated cuti-
cle106. Adult and microfilariae vary in size based on species.
Adult male Dipetalonema marmosetae measure 39 mm
long while D. gracile measures 84 mm long. Adult female
worms measure 87 mm to 199 mm long. Microfilariae of
D. gracile measure 130 µ long while those of D. tamarinae
measure 406 µ to 430 µ long.

Hosts. Several species of filarids may be found in pri-
mates. Commonly found species include Dipetalonema
barbascalensis, D. caudispina, D. gracile, D. marmosetae,
and D. tamarinae. Adults of these filarial nematodes are
frequently found in the peritoneal cavity of Central and
South American primates107. Dipetalonema barbascalensis
has been reported from Aotus108. Dipetalonema caudispina
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infects capuchins and squirrel monkeys. Dipetalonema
gracile occurs in capuchins, spider monkeys, woolly mon-
keys, squirrel monkeys, and marmosets. Dipetalonema
marmosetae is found in capuchins, spider monkeys, squir-
rel monkeys, and marmosets. Finally, D. tamarinae infects
marmosets. All of these parasites are common in labora-
tory monkeys obtained from the wild65,102,106,109.

Life Cycle. The life cycles for each of these filarids are
indirect. Microfilariae occur in the blood. Development to
the infective stage occurs in arthropods, typically mosqui-
toes. Transmission to the primate definitive host occurs
when a mosquito takes a blood meal.

Pathologic Effects and Clinical Disease. The adult
worms are usually found lying free in the peritoneal cavity
(Figure 21.27)109,110. While peritoneal adhesions have
been reported in heavy infections, the worms usually cause
little or no pathology. Thus, clinical signs are uncommon.

Diagnosis, Treatment, Prevention. Diagnosis is
based on demonstration of adult worms in the peritoneal
cavity or microfilariae in the blood. Adult worms are typi-
cally discovered at necropsy. Transmission in the laboratory
is unlikely, and no special control procedures are necessary
other than eliminating possible arthropod vectors.

Fig. 21.26 Streptopharagus armatus egg. Reproduced from Tanaka,
H., Fukui, M., Yamamoto, H., Hayama, S., and Kodera, S. (1962) with
permission.

Fig. 21.27 Dipetalonema adults in the peritoneal cavity of a squirrel
monkey. Reproduced from Whitney, R.A., Johnson, D.J., and Cole,
W.C. (1967) with permission.
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Public Health Considerations. The Dipetalonema
found in NHP are not known to infect humans.

Superfamily Trichuroidea

Anatrichosoma cutaneum

Morphology. Adult male Anatrichosoma cutaneum have not
been described. Adult female worms measure 22 mm to 25
mm long. Eggs are elliptical with bipolar plugs, and measure
56 µ to 70 µ long by 38 µ to 48 µ wide (Figure 21.28).

Hosts and Life Cycle. Anatrichosoma cutaneum has
been encountered in the nasal mucosa and skin of rhesus
monkeys16,111. Although reported only from the United
States111, it undoubtedly occurs in the wild. Infection in
the skin is rare and has been reported only once17. The life
cycle is unknown but is probably direct. Eggs in the nasal
mucosa are embryonated when laid111.

Pathologic Effects and Clinical Disease. The pres-
ence of A. cutaneum in the nasal passages is usually unap-
parent. Infection results in hyperplasia and parakeratosis of
the nasal mucosa but only mild to moderate inflammation
(Figure 21.29)111. In the skin, the parasite may cause a sub-
cutaneous foreign body reaction but epithelial hyperplasia
and parakeratosis are mild.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by demonstrating the characteristic eggs on a nasal
swab. Treatment regimens have not been described. It is
possible that anthelmintics that are effective against other
trichurids would also be effective against A. cutaneum.

Public Health Considerations. Humans are suscep-
tible to infection with A. cutaneum and develop a form of
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creeping eruption. Thus, animal care workers should
handle infected animals with caution.

Calodium hepaticum

The morphology, host range, and life cycle of Calodium
hepaticum (Syn. Capillaria hepatica, Hepaticola hepatica)
are described in Chapter 11, Parasites of Rats and Mice.
Infections have occasionally been reported in feral pri-
mates, including rhesus monkeys, capuchins, spider mon-
keys, and chimpanzees88. Worms develop to maturity in
the liver. The liver surface of infected animals contains
white or yellow patches or nodules, which contain the
adult worms and eggs. Heavy accumulations of eggs cause
localized liver damage and cirrhosis, which may progress to
fatal hepatitis in primates67. Diagnosis is by demonstrating
parasites and eggs in histologic sections of liver. Treatment
regimens have not been described. Natural transmission in
the laboratory is unlikely, and no special control proce-
dures are required. Humans are susceptible to infection
with C. hepaticum, but cases of human infection are rare.

Trichuris trichiura

Morphology. Adult Trichuris trichiura resemble those of T.
vulpis of dogs. Male worms measure 30 mm to 45 mm long,
while females measure 35 mm to 50 mm long. The egg is
oval, has bipolar plugs, measures 50 µ long by 22 µ wide,
and is unsegmented when passed in the feces (Figure 21.30).

Fig. 21.28 Anatrichosoma cutaneum eggs. Reproduced from Allen,
A.M. (1960) with permission.

Fig. 21.29 Anatrichosoma cutaneum. Section from the nasal passage of
a monkey. Reproduced from Allen, A.M. (1960) with permission.
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Hosts. Trichuris trichiura occurs in the large intestine
of humans and many simian primates throughout the
world. It is most prevalent in the tropics and subtropics.
Affected laboratory primates16 include macaques30,78,
green monkeys, baboons33, and chimpanzees67,79, where
incidence rates may reach nearly 100%.

Life Cycle. The life cycle is direct and infection is by
ingestion of embryonated eggs. The eggs are unembry-
onated when passed in the feces and require 10 days in the
soil to reach the infective stage. After ingestion, the egg
shell is digested away and the larvae pass to the cecum,
where they embed their anterior ends into the mucosa.

Pathologic Effects and Clinical Disease. Light
infections with T. trichiura produce few pathologic effects
or clinical disease67. Heavy infections may result in severe
enteritis, with anorexia, mucoid diarrhea, and occasionally
death67,112.

Diagnosis, Treatment, and Prevention. Diagnosis is
made by finding characteristic eggs in the stool. Once
housing areas are contaminated, control is challenging.
Trichurid eggs are notoriously long-lived in the environ-
ment, making complete eradication difficult. Control may
be facilitated by sanitation, elimination of conditions
favorable to egg development, and regular treatment of
infected animals. Newly acquired animals should be exam-
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ined on arrival and treated if infected. Effective
anthelmintics are as described for T. vulpis infections in
dogs.

Public Health Considerations. Trichuris trichiura
infecting NHP is similar, if not identical to, isolates recov-
ered from humans. Thus, animal workers should exercise
excellent personal hygiene when working around infected
NHP and their waste.

ACANTHOCEPHALA

Prosthenorchis spp.

Morphology. Adult Prosthenorchis are cylindrical, curved
ventrally or spirally, and irregularly wrinkled transversely.
Adult male worms measure 20 mm to 30 mm long and
female worms measure 30 mm to 50 mm long113. The pro-
boscis is globular and has five to seven rows of hooks. The
eggs are large and measure 42 µ to 53 µ long by 65 µ to 81
µ wide, and contain an embryo (acanthor) with hooks
(Figure 21.31)114.

Hosts. Prosthenorchis is the most important intestinal
parasite of Central and South American mon-
keys64,102,115–118. Prosthenorchis elegans is the most common

Fig. 21.30 Trichuris trichiura egg. Courtesy of Technical Sergeant
R.R. Estes, U.S. Air Force School of Aerospace Medicine.

Fig. 21.31 Prosthenorchis elegans egg. Reproduced from Worms, M.J.
(1967) with permission.
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species; P. spirula less common. Both species are native to
South America but are now found wherever New World
primates are kept in captivity119. Although marmosets,
tamarins, squirrel monkeys, spider monkeys, and
capuchins are the natural hosts, infections may be trans-
mitted to macaques, chimpanzees, gibbons, lemurs, and
pottos (Perodicticus)119.

Life Cycle. Eggs passed in primate feces are ingested
by a cockroach intermediate host120. The primate host is
infected by ingesting an infected cockroach. Use of the
cockroach as intermediate host facilitates establishment of
this parasite in primate facilities, where cockroaches may
be abundant.

Pathologic Effects and Clinical Disease. Adult
worms attach to the intestinal wall by deeply embedding
the spiny proboscis into the mucosa116. The terminal por-
tion of the ileum is the most common site of attachment,
but worms may also attach in the cecum and colon64,116.
Inflammation, necrosis, and ulceration occur at attach-
ment sites116–118. Intussusception or complete obstruction
of the intestine in the region of the ileocecal valve some-
times occurs102,119. Occasionally the parasite penetrates the
gut wall and enters the peritoneal cavity, causing peritoni-
tis116,119. Grossly observed lesions include abscesses and
granulomata at the attachment sites. Lesions appear on the
serosal surface of the intestine as firm white nodules, sev-
eral millimeters in diameter64,115,116. Clinical signs vary
with parasite burden, and may include diarrhea, anorexia,
debilitation, and death102,116–118.

Diagnosis, Treatment, and Prevention. Diagnosis is
by identification of eggs in the feces or adult worms in the
intestine102. Sanitation and cockroach control interrupt
the life cycle and prevent infection within the research
colony. No effective treatment has been reported.

Public Health Considerations. Human infections
have not been reported with Prosthenorchis. Although
human infections seem possible because of the broad host
spectrum of Prosthenorchis, human infection would require
ingestion of an infected cockroach.

ARTHROPODS

Class Insecta

Order Phthiraptera

Pedicinus eurygaster
Morphology. Pedicinus eurygaster is a slender louse, mea-
suring 1 mm to 3 mm long, with a long head and two to
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three lateral abdominal plates121. The head has a pair of
distinct eyes. The abdomen is membranous, except for the
usual terminal and genital plates, and has several rows of
minute hairs on both sides121. The egg is oval and opercu-
lated, and measures 0.6 mm to 0.9 mm long by 0.3 mm to
0.5 mm in diameter.

Hosts and Life Cycle. Pedicinus eurygaster is found
on macaques of tropical Asia. Pedicinus obtusus (Figure
21.32) occurs on langurs or leaf monkeys, green monkeys,
other guenons, and sometimes macaques and baboons of
southeastern Asia and Africa. Pedicinus patas is found on
guenons and colobus monkeys of India and Africa. P.
miobergi occurs on howler monkeys of South Amer-
ica96,121–123. Although Old World laboratory primates
obtained from the wild are only occasionally infested with
these lice43,124, infestation of wild New World specimens is
common123. The complete life cycle is unknown. Trans-
mission is presumably by direct contact.

Pathologic Effects and Clinical Disease. Infesta-
tions with Pedicinus are considered asymptomatic124.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on demonstration of lice. Newly acquired monkeys
should be examined and, if infested, isolated and treated.
A dust containing 5% carbaryl, 0.1% pyrethrins, 2%

Fig. 21.32 Pedicinus obtusus female, ventral view. Courtesy of K.C.
Kim, Pennsylvania State University.

34442 Ch 21 693-744.qxd  3/28/07  1:29 PM  Page 716



dichlorophen, and 1% piperonyl butoxide (Diryl, Pitman-
Moore), applied topically, has proven effective43. Treated
animals should be placed in clean, disinfected cages. Treat-
ment should be repeated at weekly intervals for two to
three weeks.

Public Health Considerations. Humans are not sus-
ceptible to infestation with Pedicinus sp.

Order Siphonaptera

Morphology. The male Tunga penetrans (sand flea, jigger
flea) is small, measuring only 0.5 mm long. The female is
larger than the male, measuring 1 mm long. The thorax is
short; the three thoracic terga collectively are shorter than
the first abdominal tergite. The metathoracic coxae lack
patches of spiniform bristles, and females lack spiracles on
the second and third abdominal segments. The head has
an acute frontal angle and lacks both a genal ctenidium
and large setae.

Hosts and Life Cycle. Tunga penetrans is distributed
throughout tropical regions of the Americas and Africa. It
attacks a wide variety of hosts, especially humans and
pigs125–127. Laboratory guenons and baboons obtained
from the wild are frequently infested. The female flea
embeds its mouthparts in the skin and becomes firmly
attached to the host. The male flea does not embed. The
dermis of the host proliferates and encapsulates the entire
body of the flea, except for the terminal abdominal seg-
ments which protrude through a small pore. Copulation
occurs after encapsulation. The female increases in size to
about 5 mm to 7 mm. Eggs are expelled through the der-
mal pore, drop to the ground, and hatch in a few days
under ideal conditions. Larvae feed on the feces of the
adults. The entire life cycle requires about 17 days128.

Pathologic Effects and Clinical Disease. Implanted
female fleas cause intense local irritation and pruritus. In
guenons and baboons, T. penetrans often invades the hard
skin pads on the buttocks, resulting in secondary bacterial
infection.

Diagnosis, Treatment, and Prevention. Diagnosis is
based on identifying the parasite in the dermal lesions.
Tunga penetrans infestations are only common in primates
obtained from the wild. Standard treatment consists of sur-
gical removal of female fleas and sterilization of the wound.
It is unknown whether broad-spectrum acaricides such as
ivermectin would effectively eliminate an infestation.

Public Health Considerations. Humans are com-
monly affected in endemic areas126. Animal workers
should use caution when working with infested monkeys.
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Class Arachnida

Mites

Pneumonyssus simicola
Morphology. Pneumonyssus simicola (Syn. Pneumonyssus
foxi, P. griffithi, P. macaci), the lung mite of monkeys, is
yellow-white, elongate, and ovoid (Figure 21.33)129. Female
mites measure 700 µ to 850 µ long, while males measure
500 µ long. Both sexes have a single small dorsal plate. The
female sternal plate is longer than it is wide and has three
pairs of setae. An epigynial plate is absent, and the female
genital opening is a transverse slit between the fourth set of
coxae. Palps are composed of four free segments. Chelicerae
are short with opposed chelae; the movable chela is more
developed than the fixed chela. Legs are long and have small
setae and terminal claws. The egg is glistening white and
spherical, and measures 250 µ to 450 µ in diameter130.

Hosts. Prior to the routine use of ivermectin in pri-
mate colonies, P. simicola was extremely common in newly

Fig. 21.33 Pneumonyssus simicola female. (A) Ventral view. (B)
Gnathosoma (enlarged). (C) Dorsal shield. Reproduced from Fain, A.
(1961) with permission.
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acquired rhesus macaques, with prevalence rates of up to
100% frequently reported. Infections have also been
reported from the silvered leaf monkey131 and from several
additional macaque species132–135. There is a single report of
P. simicola from a baboon136. With the possible exception of
the baboon, P. simicola is restricted to members of the genus
Macaca originating in Asia and the Philippine Islands.
Mites found in the respiratory tract of African primates,
such as guenons, baboons, chimpanzees, and gorillas, are
probably different species of Pneumonyssus132,137. Current
incidence rates of infection in laboratory macaques are
unknown, but are likely very low in monkeys that are rou-
tinely medicated with ivermectin or related compounds.

Life Cycle. The complete life cycle is unknown but it
has been suggested that all stages are found in the lungs138.
Eggs presumably hatch within the female, and fully devel-
oped larvae are deposited. Larvae occur in pulmonary nod-
ules and also in the bronchi. They are the only stage
commonly found free in the bronchi and are presumed to
be the infective stage139. The protonymph and deu-
tonymph stages are brief and have been seen only under
experimental conditions140. Adults are found in pul-
monary lesions that usually open into a bronchiole. There
is evidence that the mites suck blood138, but they have also
been reported to feed on lymph and pulmonary epithe-
lium cells141. The mode of transmission is unknown. Mites
have not been found in monkeys delivered by cesarean sec-
tion or in those born naturally in the laboratory that are
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removed from their mothers at birth142–144. It seems that
larval mites are transferred from the bronchi through
direct contact, coughing, or sneezing139.

Pathologic Effects. Gross lesions range in appearance
from minute, pale spots to discreet yellowish foci a few
millimeters in diameter (Figure 21.34)138,145. Lesions may
number from a few to hundreds, and occur in the lung
parenchyma near the surface of the lung and elevated
above it, or deeper within the lobes139. Superficially, mite
lesions resemble tubercles but are less firm. Rarely is there
any hemorrhage near the mites. When magnified, lesions
appear as pale, white, jelly-like masses which sometimes
have a minute slit or opening in the center145. The lesions
and surrounding tissue contain a characteristic golden
brown to black pigment. One to 20 mites, predominantly
females but sometimes eggs, larvae, or males, are easily
teased from the lesion (Figure 21.35)139,146.

Histopathologic lesions are characterized by the pres-
ence of the mite in association with localized bronchiolitis
and peribronchiolitis, or focal pneumonitis in which
eosinophils are prominent, and sometimes by bronchiolec-
tasis. Pigments and double refractile needles are found in
or near the mites or their associated lesions. Pigment is not
seen in the lungs of normal monkeys and does not contain
carbon or melanin but does contain iron, and may result
from the digestion and excretion of host blood proteins138.

Clinical Disease. Clinical signs are usually absent138,147.
Paroxysmal coughing and sneezing may occur but are

Fig. 21.34 Gross lesions of Pneumonyssus simicola infection in preserved lung specimens from a monkey. Note the numerous pale foci beneath
pleura (left) and on cut surface (right). Courtesy of J.R.M. Innes, Bionetics Research Laboratories.
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uncommon and may be due to other causes of respiratory
disease. Although earlier workers attributed fatalities to this
mite, it is probably the direct cause of death only in massive
infections145.

Diagnosis. Diagnosis of P. simicola infection in live
monkeys is difficult. Routine radiographic or hematologic
examinations have no value138,147. Sometimes larvae can be
demonstrated in tracheobronchial washings, but a negative
finding does not exclude the possibility of infection139.
Gross lesions produced by the mite must be differentiated
from those of tuberculosis. The finding of mites or the
characteristic pigment and crystals associated with them in
histologic sections is diagnostic of lung mite infection, but
not necessarily of P. simicola infection. Although P. simicola
is the usual lung mite affecting the rhesus monkey,
Rhinophaga dinolti is sometimes found148. Differentiation
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is based primarily on morphology of the tarsal claws. The
claws on the first leg of females of R. dinolti are much less
developed than those on the third leg, whereas all tarsal
claws of P. simicola are subequal in size. All lung mites of
simian primates are morphologically similar and therefore
are not easily identified in cross section. Identification is a
matter for the medical entomologist, who should be sup-
plied with whole mites (as opposed to sections) whenever
possible.

Treatment and Prevention. Affected macaques
should be treated with ivermectin (200 µg/kg) every three
weeks. Because rates of infection have declined dramati-
cally with the routine use of ivermectin, infections are only
occasionally discovered at necropsy. Animals obtained
from the wild should be treated before release into the
colony.

Public Health Considerations. Lung mites of
macaques do not infect humans. Despite reports to the
contrary, mites recovered from human cases of pulmonary
acariasis are unrelated to lung mites of monkeys.

Class Pentastomida

Porocephalus spp.

The definitive hosts of Porocephalus are snakes, while the
intermediate hosts are monkeys. The infection requires a
predator-prey relationship to become established or main-
tained. Porocephalus clavatus occurs in squirrel monkeys in
South America, and is apparently common in tamarins
obtained from the wild149. Porocephalus crotali occurs in
marmosets150 and tamarins (Sanguinus nigricollis) in North
and South America65,116. A pentastomid nymph thought
to be P. stilesi was recovered from the meninges of a Saimiri
monkey, where it was encapsulated by connective tissue151.
Porocephalus subulifer has been found in a guenon150 and
in a galago152 and is confined to tropical Africa150. Poro-
cephalus nymphs are occasionally found in the viscera of
laboratory monkeys, and are relatively benign parasites.

Fig. 21.35 Magnification of gross lesions of Pneumonyssus simicola infec-
tion in the lung of a monkey. Note the mites (arrows) teased from typical
lesions. Courtesy of J.R.M. Innes, Bionetics Research Laboratories.
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TABLE 21.1 Parasites of non-human primates—circulatory and lymphatic systems.

Parasite Geographic distribution Hosts Location in host Method of infection Pathologic effects Zoonosis Reference

Flagellates

Trypanosoma Central and New World Blood Wound None Reported 168
minasense South monkeys contamination

America with feces of
reduviid bug

Trypanosoma West Africa Guenons, Blood Unknown None Not reported 169
primatum apes

Piroplasmids

Babesia pitheci Africa, Europe Old World Erythrocytes Transmitted by None Not reported 170
monkeys arthropod 

intermediate
host(tick)

Entopolypoides Africa, Indonesia Guenons, Erythrocytes Transmitted by Anemia Not reported 51
macaci patas monkeys, arthropod

baboons, some intermediate
macaques host(tick)

Haemosporids

Hepatocystis Central Africa Old World Erythrocytes Transmitted by Focal hepatitis Not reported 171
kochi monkeys arthropod

intermediate
host(midge) 

Hepatocystis Asia Old World Erythrocytes Transmitted by Unknown Not reported 172
semnopitheci monkeys arthropod

intermediate
host(midge)

Hepatocystis Taiwan Macaques Erythrocytes Transmitted by Unknown Not reported 173
taiwanensis arthropod (midge)

intermediate host
Plasmodium Americas New World Erythrocytes Transmitted by Quartan malaria Reported 174

brasilianum monkeys arthropod 
intermediate
host(mosquito)

Plasmodium Malaysia Macaques, Erythrocytes Transmitted by Tertian malaria Reported 175
coatneyi other monkeys arthropod

intermediate 
host (mosquito)

Plasmodium Asia Old World Erythrocytes Transmitted by Splenomegaly, Reported 154
cynomolgi monkeys arthropod hepatic

intermediate congestion
host (mosquito)
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Plasmodium Malaysia Gibbons Erythrocytes Transmitted by Tertian malaria Not reported 176
eylesi arthropod 

intermediate 
host (mosquito)

Plasmodium Malaysia Pigtail macaques Erythrocytes Transmitted by Tertian malaria Not reported 177
fieldi arthropod 

(mosquito)
intermediate host

Plasmodium India, Ceylon Macaques Erythrocytes Transmitted by Tertian malaria Not reported 178
fragile arthropod  

(mosquito)
intermediate host

Plasmodium Madagascar Lemurs Erythrocytes Transmitted by Quartan malaria Not reported 179
girardi arthropod 

intermediate
host (mosquito)

Plasmodium West central Africa Mangabeys, Erythrocytes Transmitted by Tertian malaria Not reported 180
gonderi mandrills arthropod

(mosquito) 
intermediate host

Plasmodium Indonesia Gibbons Erythrocytes Transmitted by Quartan malaria Not reported 181
hylobati arthropod

intermediate
host (mosquito)

Plasmodium Malaysia Gibbons Erythrocytes Transmitted by Tertian malaria Not reported 182
jefferyi arthropod 

intermediate
host (mosquito)

Plasmodium Asia Macaques Erythrocytes Transmitted by Quartan malaria Reported 183
inui arthropod

intermediate
host (mosquito)

Plasmodium Asia Old World Erythrocytes Transmitted by Quotidian malaria Reported 184
knowlesi monkeys arthropod 

intermediate 
host (mosquito)

Plasmodium Madagascar Lemurs Erythrocytes Transmitted by Unknown Not reported 185
lemuris arthropod 

intermediate
host (mosquito)

Plasmodium Africa Chimpanzees Erythrocytes Transmitted by Quartan malaria Reported 186
malariae arthropod

intermediate 
host (mosquito)

(Continued)
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Plasmodium Indonesia Orangutans Erythrocytes Transmitted by Tertian malaria Not reported 187
pitheci arthropod 

intermediate 
host (mosquito)

Plasmodium Africa Apes Erythrocytes Transmitted by Tertian malaria Not reported 188
reichenowi arthropod

intermediate  
host (mosquito)

Plasmodium Africa Chimpanzees, Erythrocytes Transmitted by Tertian malaria Reported 189
schwetzi gorillas arthropod 

intermediate 
host (mosquito)

Plasmodium Ceylon Toque macaques Erythrocytes Transmitted by Tertian malaria Not reported 190
simiovale (Macaca sinica) arthropod intermediate 

host (mosquito)
Plasmodium Brazil New World Erythrocytes Transmitted by Tertian malaria Reported 191

simium monkeys arthropod 
intermediate
host (mosquito)

Plasmodium Malaysia Gibbons Erythrocytes Transmitted by Severe tertian Not reported 192
youngi arthropod malaria

intermediate 
host (mosquito)

Trematodes

Digenetic

Schistosoma Africa, Asia, Old World Pelvic vein, Skin penetration Cystitis Common 193
haematobium Europe monkeys, mesenteric veins by cercaria; possibly

chimpanzees ingestion of cercaria
Schistosoma Africa, Primates Mesenteric veins Skin penetration Granulomas in Common 194

mansoni South America, by cercaria; possibly various organs
West Indies ingestion of cercaria

Nematodes

Filaroidea

Brugia malayi Asia Macaques, langurs Lymphatics Bite of mosquito Lymphangitis Reported 165

TABLE 21.1 (Continued )
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TABLE 21.2 Parasites of non-human primates—enterohepatic system.

Geographic Method of Pathologic 
Parasite distribution Hosts Location in host infection effects Zoonosis Reference

Flagellates

Chilomastix mesnili Worldwide Swine, primates Cecum, colon Ingestion of None Reported 9
organism passed 
in feces

Giardia lamblia Worldwide Primates Anterior Ingestion of Enteritis Common 9
small intestine organism passed

in feces
Retortamonas intestinalis Worldwide Primates Cecum Ingestion of None Reported 9

organism passed 
in feces

Spironucleus pitheci South America Rhesus monkeys Cecum, colon Ingestion of None Not reported 9
organism passed 
in feces

Trichomonas tenax Worldwide Primates Mouth Oral contact None Common 9

Amoebae

Dientamoeba fragilis Worldwide Old World monkeys Cecum, colon Ingestion of Unknown Common 26
cysts passed
in feces

Endolimax nana Worldwide Swine, primates Cecum, colon Ingestion of None Common 16
cysts passed 
in feces

Entamoeba chattoni Worldwide Primates Cecum, colon Ingestion of None Reported 196
cysts passed 
in feces

Entamoeba coli Worldwide Swine, primates Cecum, colon Ingestion of None Reported 16
cysts passed
in feces

Entamoeba gingivalis Worldwide Dogs, cats, Mouth Oral contact None Common 9
primates

Entamoeba histolytica Worldwide Primates, swine, Large intestine, Ingestion of  Enteritis, Common 197
dogs, cats liver, brain, cysts passed hepatitis

spleen in feces
Iodamoeba buetschlii Worldwide Primates, swine Cecum, colon Ingestion of None Not reported 198

cysts passed 
in feces

(Continued)
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Coccidia

Eimeria galago, Africa Galagos Intestine Ingestion of Unknown Not reported 199
E. lemuris, sporulated
E. otolicni oocyst

Isospora arctopitheci South America New World Intestine Ingestion of Unknown Not reported 200
primates sporulated 

oocyst

Ciliates

Balantidium coli Worldwide Swine, primates, Cecum, colon Ingestion of cysts Enteritis Common 201
rats, hamsters, or trophozoites
dogs passed in feces

Troglodytella abrassarti Worldwide Chimpanzees Cecum, colon Ingestion of Colitis Not reported 202
organism passed 
in feces

Troglodytella gorillae Worldwide Gorillas Cecum, colon Presumably by Unknown None known 203
ingestion of 
organisms 
passed in feces

Trematodes

Artyfechinostomum sp. Asia Macaques, Intestine Unknown Enteritis Reported 204
swine, other 
vertebrates

Athesmia foxi Asia, 
South New World Bile duct Unknown Cholangio- Not reported 63
America monkeys, hepatitis

wild rats 
(Rattus 
argentiventer)

Brodenia laciniata Africa Baboons Pancreas Unknown Unknown Not reported 204
Brodenia serrata Africa Mangabeys Pancreas Unknown Unknown Not reported 204
Controrchis biliophilus Central America New World Gallbladder, Unknown Unknown Not reported 205

monkeys intestine
Dicrocoelium Central Africa Colobus Bile duct Ingestion of Unknown Not reported 204

colobusicola monkeys second
intermediate
host

Eurytrema brumpti Central Africa Chimpanzees, Bile duct, Ingestion of Cholangitis Not reported 206
gorillas pancreas second 

intermediate
host

TABLE 21.2 (Continued )
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Fascioilopsis buski Asia Rhesus monkeys, Duodenum, Ingestion of None Reported 207
swine stomach metacercaria 

encysted on
vegetation

Gastrodiscoides Asia Macaques, swine Cecum, colon Ingestion of Enteritis Common 68
hominis metacercaria

encysted on 
vegetation

Haplorchis yokogawai Asia Macaques Small intestine Ingestion of Unknown Not reported 208
metacercaria 
encysted in fish

Leipertrema rewelli Africa Orangutans Pancreas Unknown Unknown Not reported 204
Neodiplostomum tamarini South America Tamarins Small intestine Unknown Unknown Not reported 65
Ogmocotyle ailuri Asia Macaques Intestine Unknown Unknown Not reported 209
Phaneropsolus oviformis Asia Macaques, Intestine Unknown Unknown Not reported 210

slow loris
Phaneropsolus orbicularis South America New world Intestine Unknown Unknown Not reported 211

monkeys
Platynosomum South America Tamarins Gallbladder, Unknown Unknown Not reported 65

amazonensis, bile duct
P. marmoseti

Primatotrema macacae Asia Macaques Intestine Unknown Unknown Not reported 210
Reptilotrema primata Asia Macaques Intestine Unknown Unknown Not reported 204
Watsonius macaci Asia Cynomolgus Intestine Ingestion of Enteritis Reported 78

monkey metacercaria
on vegetation

Watsonius sp. Western Guenons, Intestine Ingestion of Enteritis Reported 66, 96
Africa baboons metacercaria 

on vegetation

Cestodes

Cyclophyllidea

Atriotaenia Central and New World Small intestine Probably by None known Not reported 65
(Oochoristica) South America monkeys ingestion of
megastoma infected insect

Bertiella sp. Africa, Asia Old World Small intestine Probably by None known Reported 212
primates ingestion of

free-living mites
Hymenolepis Central and Marmosets, Intestine Unknown Unknown Not reported 116        

cebidarum South America titi monkeys
Hymenolepis South America Owl monkeys Intestine Ingestion of None Reported 155

diminuta arthropod 
intermediate 
host

(Continued)
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Moniezia rugosa South America Capuchins, Small intestine Probably by None known Not reported 213
howler monkeys, ingestion of 
spider monkeys infected mites

Paratriotaenia South America Marmosets Small intestine Probably by None known Not reported 214
oedipomidatis ingestion of  

infected insect
Raillietina sp. Central and Howler monkeys Intestine Unknown Unknown Reported 119

South America
Rodentolepis nana Worldwide Primates Intestine Ingestion of Catarrhal Reported 156

arthropod enteritis
intermediate 
host

Cestodes

Larval

Echinococcus granulosus Worldwide Sheep, swine, Liver, lung, heart Ingestion of egg Hydatid cyst Common 159
primates, in feces of definitive
other mammals host (dog)

Taenia hydatigena Worldwide Primates, Liver, peritoneal Ingestion of Liver damage, Reported 215
ruminants, cavity embryonated egg peritonitis
swine passed by definitive

host (dog)

Nematodes

Rhabditoidea

Strongyloides cebus Central and New World Duodenum, Ingestion of Broncho- Not reported 65, 83
South America monkeys jejunum, infective larva or pneumonia

lung (larvae) penetration of skin enteritis
or buccal mucosa
by larva

Strongyloides Africa, Asia Old World Duodenum, Ingestion of Broncho- Reported 83
füelleborni monkeys, jejunum, infective larva or pneumonia,

chimpanzees lung (larvae) penetration of skin enteritis
or buccal mucosa
by larva

Strongyloides Worldwide Apes Duodenum, Ingestion of Broncho- Common 161
stercoralis jejunum, infective larva or pneumonia, 

lung (larvae) penetration of skin enteritis
or buccal mucosa
by larva
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Ascaridoidea

Ascaris Worldwide Primates Small intestine Ingestion of Hepatic Common 216
lumbricoides embryonated abscesses

egg

Subuluroidea

Subulura distans Africa, Asia Old World Stomach, Ingestion of Unknown Not reported 96
primates small intestine, intermediate

colon host (cockroaches)
Subulura jacchi Americas Marmosets, Small intestine Ingestion of Unknown Not reported 218

tamarins intermediate host
(cockroaches)

Subulura malayensis Malay Peninsula Macaques Colon Unknown Unknown Not reported 219

Oxyuroidea

Enterobius Africa Chimpanzees Large intestine Ingestion of Perianal Not reported 220
anthropopitheci embryonated egg pruritus

Enterobius Africa Rhesus monkeys, Large intestine Ingestion of Perianal Not reported 221
bipapillatus chimpanzees embryonated egg pruritus

Enterobius Africa Baboons Large intestine Ingestion of Perianal Not reported 221
brevicauda embryonated egg pruritus

Enterobius Borneo Orangutans Large intestine Ingestion of Perianal Not reported 221
buckleyi embryonated egg pruritus

Enterobius South America Night monkeys Large intestine Ingestion of Perianal Not reported 221
interlabiatus, embryonated egg pruritus
E. microon

Enterobius lerouxi Africa Gorillas Large intestine Ingestion of Perianal Not reported 221
embryonated egg pruritus

Enterobius Worldwide Marmosets, Large intestine Ingestion of Perianal Common 222
vermicularis gibbons, embryonated egg pruritus

chimpanzees
Lobatorobius Central and Squirrel monkeys Cecum, colon Ingestion of Unknown Not reported 221

scleratus South America embryonated egg
Oxyuronema Central America Spider monkeys Large intestine Ingestion of Hemorrhagic Not reported 221

atelophorum embryonated egg enteritis
Trypanoxyuris sp. South America New World Colon Ingestion of Unknown Not reported 65, 217

monkeys embryonated egg

Strongylida

Ancylostoma Worldwide Primates Small intestine Ingestion of Anemia Common 43
duodenale infective larva

or skin penetration
Characostomum Africa, Asia Macaques, Small intestine Probably ingestion Unknown Not reported 221

asimilium guenons, of embryonated egg
slow loris

Globocephalus Malay Peninsula, Rhesus monkeys Small intestine Probably ingestion Anemia Not reported 223
simiae Indonesia of embryonated egg
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Necator americanus Worldwide Primates Small intestine Larval penetration Anemia Common 162
of skin

Oesophagostomum Asia Macaques Colon Ingestion of infective Nodules in Reported 224
aculeatum larva wall of colon

Oesophagostomum Africa, Asia Macaques Colon, rarely Ingestion of infective Nodules in Reported 225
apiostomum omentum larva wall of colon

Oesophagostomum Africa, Asia Old World Colon Ingestion of infective Nodules in Reported 226
bifurcum monkeys larva wall  f colon (may be

different
strain)

Oesophagostomum Africa Baboons, Colon Ingestion of Nodules in Reported 227
stephanostomum chimpanzee, infective larva wall of colon

gorilla
Ternidens deminutus Africa, Asia Old World Cecum, colon Ingestion of Anemia, nodules Reported 228

monkeys, infective larva in wall of
chimpanzees, colon
gorillas

Trichostrongyloidea

Graphidioides berlai Brazil New World Intestine Probably ingestion Unknown Not reported 221
monkeys of larva

Longistriata dubia South America New World Small intestine Probably ingestion Unknown Not reported 65
monkeys of larva or skin

penetration
Molineus torulosus Brazil New World Small intestine Probably ingestion Hemorrhagic Not reported 229

monkeys of larva enteritis
Molineus vexillarius Peru Tamarins Small intestine, Probably ingestion None Not reported 230

stomach of larva
Molineus vogelianus Africa Pottos Small intestine Probably ingestion Unknown Not reported 231

(Perodicticus) of larva
Nematodirus weinbergi Africa Chimpanzees Small intestine Ingestion of larva Unknown Not reported 221
Nochtia nochti Asia Macaques Stomach Probably ingestion Gastric tumors Not reported 104

of larva
Pithecostrongylus alatus Malaysia Guenons, Intestine Unknown Unknown Not reported 221

orangutans
Trichostrongylus Worldwide Ruminants, Small intestine Ingestion of larva Mild enteritis Reported 144

colubriformis Old World 
monkeys, apes, 
lagomorphs,
other mammals

TABLE 21.2 (Continued )
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Spiruroidea

Chitwoodspirura Central America Chimpanzees, Stomach, Ingestion of Unknown Reported 221
serrata gorillas small intestine intermediate

host (insects)
Gongylonema Worldwide Macaques Esophagus, Ingestion of Esophagitis Not reported 278

macrogubernaculum stomach intermediate host
(insects)

Gongylonema pulchrum Worldwide Primates, Tongue, oral Ingestion of None Reported 232
wild carnivores, cavity, esophagus, intermediate host
ruminants, swine stomach (cockroaches,

dung beetles)
Physaloptera caucasica Africa, Eurasia Old World Esophagus, Ingestion of Esophagitis, Reported 233

monkeys, stomach, intermediate gastritis, 
orangutans duodenum host (beetles) enteritis

Physaloptera dilatata South America New World Stomach Ingestion of Gastritis Not reported 102
monkeys intermediate

host (insects)
Physaloptera tumefaciens Asia Macaques Stomach Ingestion of Hemorrhagic Not reported 234

intermediate gastritis
host (insects)

Physaloptera poicilometra Africa Mangabeys, Stomach Ingestion of Mild gastritis Not reported 235
guenons intermediate

host (insects)
Rictularia alphi Eurasia Monkeys Small intestine Ingestion of Unknown Not reported 219

intermediate 
host (arthropods)

Spirura guianensis South America Tamarins, Esophagus Unknown Esophagus Reported 221
marsupials, 
armadillos

Streptopharagus Africa, Japan Old World Stomach Ingestion of Unknown Not reported 96
armatus monkeys, intermediate

gibbons host (arthropods)
Streptopharagus Africa, Asia Old World Stomach Ingestion of Unknown Not reported 236

pigmentatus monkeys, intermediate
gibbons host (arthropods)

Trichospirura Americas New World Pancreas Ingestion of Pancreatitis Not reported 163
leptostoma primates arthropod

intermediate host
(cockroaches)

Trichuroidea

Trichuris Worldwide Primates Cecum, colon Ingestion of Enteritis Common 237
trichiura embryonated

egg

(Continued)
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Acanthocephala

Prosthenorchis elegans Worldwide Primates Ileum, cecum, Ingestion of Colitis Not reported 238
colon intermediate host 

(cockroaches)
Prosthenorchis spirula Worldwide Monkeys, Ileum, cecum, colon Ingestion of Enteritis Not reported 84

chimpanzee, intermediate host
lemurs, pottos (cockroaches)
(Perodicticus)

Pentastomids

Porocephalus clavatus South America Tamarins, Liver, lungs, Ingestion of eggs Cysts in liver, Not reported 239
marmosets peritoneum, passed by definitive lungs,

meninges, host (snakes) peritoneum,
other tissues meninges, 

other tissues
Porocephalus Africa Guenons, galagos Viscera Ingestion of eggs Cysts in viscera Not reported 152

subulifer passed by definitive
host (snakes)
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TABLE 21.3 Parasites of non-human primates—musculoskeletal system, skin, and connective tissue.

Geographic Location in Method of 
Parasite distribution Hosts host infection Pathologic effects Zoonosis Reference

Protozoa

Coccidia

Sarcocystis kortei Worldwide Rhesus monkeys Striated muscle, Ingestion of Cysts in muscle Not reported 240
smooth muscle organism in

muscle or oocysts
passed in feces

Sarcocystis nesbitti India Rhesus monkeys Striated muscle Ingestion of organism Cysts in muscle Not reported 240, 241
in muscle or oocysts 
passed in feces

Sarcocystis sp. Africa, Asia Baboons, macaques Striated muscle Ingestion of organism Cysts in muscle Reported 242
in muscle or oocysts 
passed in feces

Sarcocystis sp. South America New World monkeys Striated muscle, Ingestion of organism Cysts in muscle Reported 116
smooth muscle in muscle or oocysts

passed in feces

Cestodes

Larval

Mesocestoides sp. Africa, Asia, Old World monkeys Larva: peritoneal cavity Presumably by Cysts in Not reported 243
Europe ingestion of first abdominal 

intermediate host organs
Spirometra South America Marmosets, Adult: small Ingestion of Cysts in Reported 244

reptans squirrel intestine intermediate connective
monkeys Larva: connective host (crustaceans) tissue

tissue
Spirometra sp. Africa Green monkeys Abdominal cavity Probably ingestion Cysts in abdominal Not reported 245

of unknown cavity
intermediate host

Taenia saginata Asia Macaques Abdominal cavity, Ingestion of egg Cysticerci Common 157
viscera

Filaroidea

Dipetalonema Central America Spider monkeys Connective tissue Bite of arthropod None Not reported 221
atelense

Dipetalonema South America Capuchins, Abdominal cavity Bite of arthropod None Not reported 246
caudispina squirrel 

monkeys
Dipetalonema India Macaques, gibbons Abdominal cavity Bite of arthropod Unknown Not reported 247

digitatum

(Continued)
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Dipetalonema Central and New World Abdominal cavity Bite of arthropod Abdominal adhesions Not reported 248
gracile South monkeys

America
Dipetalonema Central New World Subcutis, Bite of arthropod Unknown Not reported 249

marmosetae America monkeys body cavity
Dipetalonema Central and Capuchins, Esophageal Bite of arthropod Unknown Not reported 250

obtusa South  squirrel connective 
America monkeys tissue

Dipetalonema Africa Apes Subcutis, Bite of arthropod Vascular occlusion Reported 251
perstans body cavity (flies, ticks, 

mosquitoes)
Dipetalonema Central Africa Chimpanzees Subcutis, Bite of arthropod Unknown Not reported 221

rodhaini body cavity
Dipetalonema Central Africa Apes Subcutis, Bite of midge Unknown Reported 252

streptocerca abdominal
cavity

Dipetalonema South America Marmosets Abdominal Bite of arthropod Unknown Not reported 102
tamarinae cavity

Dipetalonema Argentina Capuchins Subcutis, Bite of unknown Unknown Not reported 221
tenue body cavity invertebrate

Dipetalonema Africa Baboons, Abdominal Bite of arthropod Abdominal nodules Not reported 253
vanhoofi chimpanzees cavity

Dirofilaria Africa Guenons, Subcutis Bite of mosquito Unknown Not reported 164
corynodes mangabeys,

langurs, apes
Dirofilaria Asia Macaques Subcutis, Bite of mosquito Unknown Not reported 254

magnilarvatum peritoneal
membranes

Dirofilaria Indonesia Gibbons, Subcutis Bite of mosquito Unknown Not reported 255
pongoi orangutans

Edesonfilaria Southeastern Cynomolgus Abdominal cavity Unknown Unknown Not reported 256
malayensis Asia monkeys

Loa loa Africa Old World Subcutis, Bite of tabanid fly Subcutaneous Reported 257
monkeys mesenteries, swelling (probably

eyes different
strains)

Macacanema Taiwan Macaques Peritracheal Possibly bite Unknown Reported 258
formosana connective tissue of midge
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(Continued)

Arthropods

Diptera (flies)

Cordylobia Africa, Rats, other Subcutis Eggs deposited Dermal myiasis Reported 166
anthropophaga Europe mammals by adult fly

Dermatobia Central and Rodents, other Subcutis Eggs deposited Dermal myiasis Reported 167
hominis South mammals, by adult fly

America some birds

Phthiraptera 
(lice)

Pedicinus Asia Macaques Pelage Direct contact None known Not reported 259
eurygaster

Pedicinus Africa Baboons Pelage Direct contact None known Not reported 96
hamadryas

Pedicinus South America Howler monkeys Pelage Direct contact None known Not reported 260
mjobergi

Pedicinus Africa, Old World monkeys Pelage Direct contact None known Not reported 259
obtusus southeastern

Asia
Pedicinus India, Africa Guenons, Pelage Direct contact None known Not reported 261

patas colobus
monkeys

Pediculus Africa Chimpanzees Pelage Direct contact None known Not reported 262
schaeffi

Siphonaptera 
(fleas)

Pulex irritans Worldwide Primates, rats, Skin, pelage Direct contact Intermediate host Reported 263
rabbits, dogs, for Dipylidium
cats, swine caninum

Tunga penetrans Tropical areas of Guenons, baboons, Embedded in skin Direct contact Dermal cysts Reported 264
Western swine of host, usually in
Hemisphere buttocks of labo-
and Africa ratory primates

Arachnida

Mites

Astigmates

Alouattalges South America Howler monkeys, Skin Direct contact Unknown Not reported 265
corbeti night monkeys

Audycoptes sp. South America Squirrel monkeys Hair follicles Direct contact Unknown Not reported 266
Cosarcoptes Southeastern Cynomolgus Skin Direct contact Unknown Not reported 267

scanloni Asia monkeys
Fonsecalges South America Squirrel monkeys, Skin Direct contact Possibly Not reported 268

saimirii tamarins dermatitis
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Lemurnyssus Africa Galagos Nasal cavities Direct contact Unknown Not reported 269
galagoensis

Listrocarpus sp. South America New World monkeys Skin Direct contact Unknown Not reported 270
Notoedres Central Africa Galagos Skin Direct contact Unknown Not reported 266

galagoensis
Pangorillages Africa Chimpanzees Skin Direct contact Unknown Not reported 271

pani
Paracoroptes Africa Guenons Skin of body, Direct contact Dermatitis Not reported 272

gordoni ears
Pithesarcoptes Africa, Guenons Skin Direct contact Scabby Not reported 273

talapoini Europe dermatitis,
alopecia

Prosarcoptes Africa, Europe Monkeys Skin Direct contact Dermatitis Not reported 273
pitheci

Rhyncoptes South America Marmosets, Skin Direct contact Unknown Not reported 274
anastosi tamarins

Rhyncoptes South America Capuchins Skin Direct contact Unknown Not reported 275
cebi

Rhyncoptes Africa Guenons Skin Direct contact Unknown Not reported 275
cercopitheci

Saimirioptes South America Squirrel monkeys Skin Direct contact Unknown Not reported 266
paradoxus

Prostigmates

Psorergates Africa Guenons, Skin Direct contact Dermatitis Not reported 276
cercopitheci mangabeys

Pentastomids

Gigliolella Madagascar Fat-tailed Mesentery Presumably by Benign Not reported 277
brumpti dwarf lemurs ingestion of eggs mesenteric cysts

(Cheirogaleus medius) passed by
definitive host
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TABLE 21.4. Parasites of non-human primates—nervous, respiratory, and urogenital systems.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Protozoal

Flagellates

Tetratrichomonas North America Macaques Vagina Venereal Unknown Not reported 94, 153
macacovaginae contact

Cestodes

Larval

Multiceps serialis Africa Baboons, Brain Ingestion Coenurus Reported 17, 158
macaques of egg

Spirometra sp. Asia Macaques Lungs, Ingestion of Sparganosis Common 160
subcutaneous infected
tissues intermediate

host

Nematodes

Metastrongyloidea

Filariopsis arator South America Capuchins Lungs Unknown Unknown Not reported 221
Filaroides barretoi South America Marmosets Lungs Unknown Pulmonary Not reported 28

atelectasis
Filaroides gordius South America Squirrel Lungs Unknown Pulmonary Not reported 28

monkeys atelectasis

Filaroides sp. Americas Tamarins Lungs Unknown Unknown Not reported 65

Spirurida

Metathelazia Unknown Guenons Lungs Unknown Unknown Not reported 221
ascaroides

Trichuroidea

Anatrichosoma Asia Macaques Nasal mucosa Ingestion of egg Rhinitis Reported 279
cutaneum

Anatrichosoma cynomolgi Asia Cynomolgus Nasal mucosa Ingestion of egg Rhinitis Not reported 279
monkeys

Leeches

Dinobdella ferox Southern Asia Macaques,  Nasal cavities, Invasion of mouth Anemia, asphyxiation, Reported 82
dogs, cats, pharynx or nares while sometimes death
ruminants drinking
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TABLE 21.4. Parasites of non-human primates—nervous, respiratory, and urogenital systems.

Geographic Location Method of Pathologic
Parasite distribution Hosts in host infection effects Zoonosis Reference

Arachnida

Mites

Astigmates

Mortelmansia sp. South America Squirrel monkeys, Nasal cavities Direct contact Unknown Not reported 28
marmosets

Mesostigmates

Pneumonyssus simicola Asia Macaques Lungs Direct contact Focal pneumonia Not reported 138
Pneumonyssus duttoni Africa Guenons Trachea Direct contact Tracheitis Not reported 132
Pneumonyssus santos-diasi Africa Baboons, Lungs Direct contact Unknown Not reported 280

guenons
Pneumonyssus longus Africa Guenons, Lungs Direct contact Unknown Not reported 132

chimpanzees
Pneumonyssus oudemansi Africa Guenons, Lungs Direct contact Unknown Not reported 132

apes
Pneumonyssus africanus Africa Guenons Bronchi Direct contact Unknown Not reported 132
Pneumonyssus mossambicencis Africa Baboons Lungs Direct contact Unknown Not reported 281
Pneumonyssus congoensis Africa Baboons Lungs Direct contact Unknown Not reported 96
Rhinophaga dinolti Asia Rhesus Lungs Direct contact Unknown Not reported 282

macaques
Rhinophaga papionis Africa Baboons Lungs Direct contact Chronic pneumonitis Not reported 96
Pneumonyssoides stammeri South America Woolly monkeys Nasal cavities, Direct contact Unknown Not reported 129

sinuses
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Albendazole

Activity: Broad spectrum against a variety of nematodes,
cestodes, and protozoa. Used in dogs for Filaroides species,
Capillaria plica, and Leishmaniasis. Used in dogs and cats
for Paragonimus kellicotti and Giardia.

MOA: The precise biochemical mechanism of action
is not clear. It appears to cause selective degeneration of
cytoplasmic microtubules in intestinal and tegmental cells
of intestinal helminths and their tissue-dwelling larvae.

Dogs

For Filaroides hirthi:
• 50 mg/kg PO q12h for 5 days, repeat in 21 days. Dur-

ing therapy symptoms may suddenly worsen, presum-
ably due to worm death1.

• 25 mg/kg PO q12h for 5 days, repeat in 2 weeks2.

For Filaroides osleri:
• 9.5 mg/kg for 55 days or 25 mg/kg PO bid for 5 days.

Repeat therapy in 2 weeks3.
• 25 mg/kg PO q12h for 5 days, repeat in 2 weeks2.

For Capillaria plica:
• 50 mg/kg q12h for 10–14 days. May cause anorexia4.

For Paragonimus kellicotti:
• 50 mg/kg PO per day for 21 days5.
• 30 mg/kg PO once daily for 12 days3.
• 25 mg/kg PO q12 h for 14 days2.

For Giardia:
• 25 mg/kg PO q12h for 4 doses6.

• 25 mg/kg PO q12h for 5 days7.
• 25 mg/kg PO q12h for 2–5 days8.

For Leishmaniasis:
• 10 mg/kg PO once daily for 30 days or 5 mg/kg PO q6h

for 60 days9.

Cats

For Paragonimus kellicotti:
• 50 mg/kg PO per day for 21 days5.
• 25 mg/kg PO q12h for 10–21 days1.
• 30 mg/kg once daily for 6 days3.
• 25 mg/kg PO q12h for 14 days2.

For Giardia:
• 25 mg/kg PO q12h for 5 days7.

For treatment of liver flukes (Platynosomum or
Opisthorchiidae families):
• 50 mg/kg PO once daily until ova are gone10.

Rabbits

For Encephalitozoon phacoclastic uveitis:
• 30 mg/kg PO once daily for 30 days, then 15 mg/kg PO

once daily for 30 days11.
• 7.5–20 mg/kg PO q24h for 3–14 days12.

Chinchillas

For Giardia:
• 50–100 mg/kg PO once daily for 3 days13.
• 25 mg/kg PO q12h for 2 days14.
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Reptiles

• Most species: 50 mg/kg PO for ascarids15.

Birds

Ratites:
• Using the suspension: 1 ml/22 kg of body weight twice

daily for 3 days; repeat in 2 weeks16.
• 5.2 mg/kg PO q12h for 3 days, repeat in 14 days17.
• Has efficacy against tapeworms and flagellate parasites.

Poultry:
• 10 mg/kg PO once18.

Ramphastids:
• 15–20 mg/kg PO once19.

Doves and rock partridges:
• 25–50 mg/kg PO q24h for 3–4 days20.

Amazon parrots:
• 50 mg/kg PO q24h for 5 days for microsporidian keta-

toconjunctivitis21.

Sheep and Goats

For susceptible parasites:
• 7.5 mg/kg PO; 15 mg/kg PO for adult liver flukes5.

For adult liver flukes in sheep:
• 7.6 mg/kg22.

Swine

For susceptible parasites:
• 5–10 mg/kg PO5.

Primates

For treatment of Filaroides:
• 25 mg/kg PO q12h for 5 days23.

For treatment of nematode infections in
prosimians:
• 10 mg/kg PO24.

For treatment of red ruffed lemurs with 
Subcutaneous cysticercosis:
• 28.5 mg/animal PO q12h for 10 days for 3 treatments

with a 10-day interval25.
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Amitraz

Activity: Used primarily for the treatment of generalized
demodicosis, also other mites.

MOA: Poorly understood. It possesses �-2 adrenergic
activity.

Dogs

For generalized Demodicosis:
• 250 ppm (one 10.6 ml bottle of Mitaban in 2 gallons of

warm water) topically every 14 days for 3–6 treatments.
Do not rinse or towel dry (Package Insert; Mitaban®—
Upjohn).

• For dogs only chronically managed by the above ther-
apy, higher doses may be tried to achieve a cure. How-
ever, owners must be informed of the risk involved with
the treatment. Initially, try the 250-ppm solution once
weekly for 4 weeks. If a positive response is seen, con-
tinue treatment until a negative skin scraping is achieved
and then for an additional 30 days. If the weekly 250-
ppm application fails, a solution of 500 ppm may be
tried (1 bottle in 1 gallon of water) weekly as above. If
the 500-ppm treatment does not provide a positive
response, a 1,000-ppm solution may be tried, but the
risk for toxicity is extremely high and it is unlikely that
the dog will be cured using amitraz1.

• For dogs unresponsive to conventional therapy (labeled),
prepare a 0.125% solution by diluting 1 ml of the 12.5%
commercially available large animal product (Taktic®) in
100 ml of water. Using a sponge, rub the diluted solu-
tion(0.125%) daily onto one-half of the dog’s body, alter-
nating sides on a daily basis. Let the solution air dry. The
dog should be hospitalized for the first week of treatment
to observe for any adverse effects. Therapy should be con-
tinued for 2 weeks after multiple negative skin scrapings.

• Dogs can also receive otic therapy with a diluted solu-
tion of amitraz (1 ml of Taktic in 8.5 ml of mineral oil)
every 3–7 days unless irritation develops. One researcher
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also treats pododermatitis with the 0.125% solution.
Reported adverse effects are mild and low in frequency.
It is important that owners are well-informed and ade-
quately trained before treatment with this unapproved
therapy2.

For treatment of scabies in older puppies and 
adult dogs:
• Dilute and treat per label recommendation 250 ppm

(one 10.6 ml bottle of Mitaban in 2 gallons of warm
water) topically every 14 days for 3–6 treatments. Do
not rinse or towel dry3.

Cats

For Demodicosis:
• Dilute amitraz to 125 ppm and apply every 7–14 days4.

Mice, Rats, Gerbils, Hamsters, and Chinchillas

• 1.4 ml per liter topically every 2 weeks for 3–6
treatments. Not recommended in young animals5.

Rabbits

• Not recommended.

Ferrets

• Apply topically to affected areas at full concentration
every 7–14 days for 3–6 treatments6,7.

Guinea Pigs

• 1.4 ml per liter topically (apply with cotton ball or
brush) every 2 weeks for 3–6 treatments. Not recom-
mended in young animals5.

• 0.3% solution topically once a week6.

Goats

For Demodectic mange:
• 10.6 ml of amitraz solution (19.9% Mitaban®) in 2 gal-

lons of water. Use a whole-body dip; repeat every
14 days for 2–3 treatments8.

Primates

• 250-ppm solution. Dip for 2–5 minutes duration every
2 weeks for 4 treatments or until resolution of skin
lesions. Treatment dose was used in tamarins for demo-
dectic manage. No bathing or hair coat clipping was
performed, dip was not rinsed from animals, and they
were dried with a hot-air dryer. Transient ataxia devel-
oped for 72 hours after the first treatment9.
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Amprolium

Activity: Anticoccidial. In poultry it is used as a therapeu-
tic and has good activity against Eimeria tenella and E.
acervulina. It has fair to weak activity against E. maxima, E.
mivati, E. necatrix, and E. brunetti.

MOA: Thiamine analog that competitively inhibits
thiamine use by the coccidian. Seems to primarily
prevent differentiation of the first generation schizont into
metrozoites.

Dogs

For Coccidiosis:
• For pups �10 kg, give 100-mg total dose using the 20%

powder in a gelatin capsule PO once daily for 7–12
days1.

• For pups �10 kg, give 200 mg total dose using the 20%
powder in a gelatin capsule PO once daily for 7–12
days1.

• For pups or bitches, give 250–300 mg total dose using
the 20% powder in food once daily for 7–12 days1.

• For pups or bitches, give 30 ml of the 9.6% solution in
one gallon of water, no other water provided, for 7–10
days1.
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As a Prophylaxis:
• 1.25 grams of 20% powder in food to feed 4 pups daily.

Do not give with medicated water2.
• 30 ml of 9.6% solution in 1 gallon (3.8 L) of drinking

water. Give as the sole source of water for 7 days prior
to shipping. Do not give with medicated food. Bitches
may be given medicated water for 10 days prior to
whelping2.

Cats

For Coccidiosis:
• 300–400 mg/kg in food once daily for 5 days1.
• 110–220 mg/kg in water once daily for 7–12 days, or

1.5 teaspoons in one gallon of water once daily for 7–12
days1.

• 110–220 mg/kg PO1.
• 60–100 mg PO once daily for 7 days for Cystoisospora

spp3.

Mice, Rats, Gerbils, and Hamsters

• 10–20 mg/kg total daily dose divided q8-24h SC or
IM4.

Rabbits

• 0.5 ml/pint of drinking water using the 9.6% solution
for 10 days5,6.

• 1 ml/7kg of body weight once daily in the drinking
water using the 9.6% solution for 5 days7.

• 0.5 ml/500ml of drinking water using the 9.6% solu-
tion for 10 days7.

• 5 ml/gallon of drinking water using the 9.6% solution
for 21 days8.

Ferrets

• 19 mg/kg PO q24h9.

Chinchillas

• 10–15 mg/kg per day divided q8-24h SQ, IM, or IV4.

Birds

Most species, including parakeets and finches:
• 50–100 mg/L of drinking water for 5–7 days10,11,12.

Pet birds:
• 2 ml/gallon of drinking water using the 9.6% solution

for 5 days or longer. Supplement the diet with vitamin
B. Some strains are resistant in toucans and mynahs13.

34442 BM_745-788.qxd  3/28/07  4:35 PM  Page 748



Pigeons:
• 25 mg/kg/day PO14.
• 1/4 tsp/L of drinking water using the 20% powder for

3–5 days15,16.
• 200 mg/L of drinking water for flock treatment15.

Poultry:
• 115–235 mg/kg in feed17.
• 575 mg/L in drinking water using the 9.6% solution18.
• 1/4 tsp/L of drinking water using the 20% powder for

3–5 days14,15.

Chickens:
• 13–26 mg/kg PO19.

Psittacines (keas):
• 250 mg/L of drinking water for 7 days for Sarcocystis.

Use in combination with pyrimethamine and pri-
maquine20.

Raptors:
• 30 mg/kg PO q24h for 5 days21.

Sheep and Goats

• For lambs, give 55 mg/kg PO daily for 19 days22.

Swine

• 25–65 mg/kg PO once or twice daily for 3–4 days22.
• 100 mg/kg/day in food or water23.
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Clorsulon

Activity: Used for the treatment of adult liver flukes (Fas-
ciola hepatica) and immature liver flukes greater than 8
weeks old. Also effective against Fasciola gigantica.

MOA: Clorsulon inhibits the glycolic pathway of the
fluke, depriving it of its primary metabolic energy source.

Birds

For treatment of trematodes in psittacines:
• 20 mg/kg PO q14 for 3 treatments1,2.

For treatment of cestodes and trematodes in
waterfowl and raptors:
• 20 mg/kg PO three times a week for 14 days3,4.
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Sheep

• 7.0 mg/kg PO5.
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Copper Sulfate

Activity: Used to treat trematode ectoparasites and proto-
zoan in fish. Toxic to invertebrates, plants, and gill tissue.
Copper can be removed by activated carbon.

MOA: Copper sulfate causes inactivation of enzyme
systems in susceptible parasites.

Fish

Susceptible parasites:
• 100 mg/L for a 1–5 min. bath. Prepare a stock solution

of 1 mg/ml (1 g CuSO4 � 5 H2O in 250 mL distilled
water)1.

• 0.1–0.2 mg/L; use higher dose in hard water2.
• Maintain free-ion levels at 0.15–0.2 mg/L tank water

until therapeutic effect3.
• Maintain copper levels at 0.2 mg/L tank water for

14–21 days4.
• Citrated copper sulfate; prepare 1 mg/ml (3 g CuSO4 �

5 H2O and 2 g citric acid monohydrate in 750 ml dis-
tilled water5.

• Maintain free-ion levels at 0.25–1.0 mg/L for 24–48 hr
bath5.
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Cythioate

Activity: Use for flea and tick control and the treatment of
demodectic mites.

MOA: Cythioate is an oral organophosphate drug
which inhibits acetylcholinesterase in fleas, ticks, and
mites, inhibiting neuromuscular transmission.

Dogs

For flea control:
• 1 ml of liquid (16 mg) PO for every 10 lbs of body

weight once every third day or twice a week. Apply to
food and mix thoroughly. The first week of therapy will
kill 95% of fleas. Additional treatments for several weeks
may be necessary to remove fleas due to re-infestation
(Package insert; Proban®—Miles).

• 1 30-mg tablet for each 20 lbs of body weight once every
third day or twice a week (Package insert; Proban®—
Bayer).

Decoquinate

Activity: Coccidiostat. Used in goats for the prevention of
Eimeria christenseni and E. ninakohlyakimoviae. In broilers
it is used for the prevention Eimeria tenella, E. brunetti, E.
necatrix, E. mivati, E. maxima, and E. acervulina.

MOA: A 4-hydroxy quinolone that disrupts the elec-
tron transport in the mitochondrial cytochrome system of
the sporozoite stage.

Dogs

Prophylaxis for Coccidiosis:
• 50 mg/kg PO once daily1.

Rabbits

• 62.5 ppm in feed for coccidiosis2.

Birds

Chickens:
• 30 mg/kg of feed for coccida3 (not approved for laying

chickens).
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Goats

Prophylaxis for Coccidiosis:
• 0.5 mg/kg per day in feed4.
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Dichlorvos

Activity: Used in dogs and cats for the treatment of round-
worms. It is also used for ectoparasite prevention in birds
and pocket pets.

MOA: An organophosphate drug which inhibits
acetylcholinesterase in susceptible parasites, inhibiting
neuromuscular transmission.

Dogs

• 26.4–33 mg/kg PO1.
• Adults: 27–33 mg/kg PO; puppies: 11 mg/kg PO2.

Cats

• 11 mg/kg PO1,2.

Mice, Rats, Gerbils, Hamsters, Guinea Pigs, 
and Chinchillas

• Hang 5 cm of a dichlorvos strip 6 inches above the cage
for 24 hours, twice a week, for 3 weeks3,4.

• Hang a strip in the room for 24 hours once a week for 6
weeks or lay a 1-inch square on the cage for 24 hours
once a week for 6 weeks4.

• Hang a strip 15 cm above the cage for 24 hours, then
twice a week for 3 weeks3.

Miniature Pigs

For Ascaris, Trichuris, Ascarops strongylina, and
Oesophagostomum species:
• 20 mg/kg PO5.
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Primates

For Gastrointestinal nematodes:
• 10–15 mg/kg PO q24 hours for 2–3 days6.
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Diethylcarbamazine Citrate

Activity: Used for heartworm prevention (Dirofilaria
immitis) in susceptible animals and the treatment of ascari-
asis in dogs.

MOA: The exact mechanism of action of this piper-
azine-derivative is poorly understood. It is suspected that
the drug acts on the parasite’s nervous system, resulting in
paralysis.

Dogs

For heartworm prevention:
• 6.6 mg/kg PO once daily preceding infection and for 60

days following last exposure to mosquitoes1.
• 6.6 mg/kg PO once daily from the beginning of mos-

quito season and for two months thereafter. Should be
given year-round where mosquitoes are active through-
out the year2.

• 2.5–3 mg/kg PO daily; begin prior to mosquito season3.
• 5–7 mg/kg PO daily. Begin before mosquito season and

continue for 60 days after. Year-round treatment is
needed where mosquitoes are active throughout the year4.

For treatment of other susceptible parasites 
(do not use in Microfilaria-positive patients):

For ascarids:
• Treatment: 55–110 mg/kg PO2.
• Prevention: 6.6 mg/kg PO per day2.
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For lungworms (Crenosoma vulpis):
• 80 mg/kg PO q12h for 3 days2.

Cats

For ascarids:
• 55–110 mg/kg PO2.

Ferrets

For heartworm prevention:
• 5.5 mg/kg PO once a day5.
• 5–11 mg/kg PO once a day6,7.

Primates

For owl monkeys with Filariasis (dipetalonema):
• 6–20 mg/kg PO once a day for 6–15 days8,9.
• 20–40 mg/kg PO once a day for 7–21 days10.

For squirrel monkeys with Filariasis 
(effective against Microfilaria and adults):
• 50 mg/kg PO once a day for 10 days11.
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Epsiprantel

Activity: Oral cestocide for dogs (Dipylidium caninum and
Taenia pisiformis) and cats (Dipylidium caninum and Tae-
nia taeniaeformis) greater than 7 weeks old.

MOA: The exact mechanism of action is unknown.
Calcium regulation appears to be altered in the tapeworm,
which may interfere with worm attachment to the host or
aid in digestion of the parasite.

Dogs

• 5.5 mg/kg PO once (Package insert; Cestex®—Pfizer).

Cats

• 2.75 mg/kg PO once (Package insert; Cestex®—Pfizer).

Febantel

Activity: Used in combination with praziquantel to treat
dogs and puppies for hookworms, whipworms, round-
worms, and tapeworms. Used in combination with prazi-
quantel to treat cats and kittens for hookworms,
roundworms, and tapeworms.

MOA: The exact mechanism of action is unknown. It
is suspected that glucose uptake is inhibited, thereby
blocking the parasite’s metabolic energy source.

Dogs

For use in combination with praziquantel 
(Vercom®) for labeled parasites:
• Older than 6 months of age: 10 mg/kg (febantel)/

1 mg/kg (praziquantel) PO for 3 days.
• For puppies: 15 mg/kg (febantel)/1.5 mg/kg (prazi-

quantel) PO for 3 days (Package Insert; Vercom®—
Paste—Miles).

Cats

For use in combination with praziquantel 
(Vercom®) for labeled parasites:
• Older than 6 months of age: 10 mg/kg (febantel)/

1 mg/kg (praziquantel) PO for 3 days.
• For kittens: 15 mg/kg (febantel)/1.5 mg/kg (praziquan-

tel) PO for 3 days (Package Insert; Vercom®—Paste—
Miles).
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Fenbendazole

Activity: Used to treat ascarids, hookworms, whipworms,
and tapeworms in dogs. Although not approved, it is also
used to treat ascarids, hookworms, Strongyloides, and tape-
worms (Taenia only) in cats and susceptible parasites in
sheep, goats, swine, birds, amphibians, reptiles, rodents,
rabbits, ferrets, fish, and primates.

MOA: The precise biochemical mechanism of action
is not clear. It appears to cause selective degeneration of
cytoplasmic microtubules in intestinal and tegmental cells
of intestinal helminths and their tissue-dwelling larvae.

Dogs

For treatment of susceptible ascarids, hookworms,
whipworms, and tapeworms (Taenia spp. only):
• 50 mg/kg PO for 3 consecutive days (Package insert;

Panacur®—Hoechst).
• 55 mg/kg PO for 3 days (5 days for Taenia)1,2.

For Capillaria plica:
• 50 mg/kg once daily for 3 days; repeat a single 50 mg/kg

dose 3 weeks later3.
• 50 mg/kg PO once daily for 3–10 days4.

For Capillaria aerophila:
• 25–50 mg/kg q12 h for 10–14 days5.
• 50 mg/kg once daily for 10–14 days6.

For Filaroides hirthi:
• 50 mg/kg PO once daily for 14 days5.
• 50 mg/kg once daily for 10–14 days6.

For Trichuris colitis/Typhlitis:
• 50 mg/kg PO once daily for 3 consecutive days; repeat

in 2–3 weeks and again in 2 months7.

For Crenosoma vulpis:
• 50 m/kg PO once daily for 3 days6.

For Eucoleus boehmi:
• 50 mg/kg PO once daily for 10–14 days6.

For Giardia:
• 50 mg/kg PO once daily for 3 days8,9.
• 25 mg/kg PO q12h for 3–7 days10.

Cats

For susceptible ascarids, hookworms, strongy-
loides, and tapeworms (Taenia spp. only):
• 50 mg/kg PO for 5 days11.
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For lungworms (Aelurostrongylus abstrusus):
• 25–50 mg/kg PO q12 h for 10–14 days5.
• 50 mg/kg PO for 10 days12.
• 20 mg/kg PO once daily for 5 days; repeat in 5 days6.

For lungworms (Capillaria aerophila):
• 50 mg/kg PO for 10 days12.
• 50 mg/kg PO once daily for 10–14 days6.

For Capillaria feliscati:
• 25 mg/kg q12h PO for 3–10 days4.
• 25 mg/kg q12h for 10 days13.

For Paragonimus kellicotti:
• 25–50 mg/kg PO twice daily for 10–14 days14.
• 50 mg/kg PO once daily for 10–14 days6.

For Pancreatic flukes (Eurytrema procyonis):
• 30 mg/kg PO daily for 6 days15.

For Giardia:
• In young kittens: 50 mg/kg PO (using the suspension)

once a day for 3–5 days16.

Mice, Rats, Hamsters, Gerbils, and Guinea Pigs

For susceptible infections:
• 20 mg/kg PO q24h for 5 days17.

For pinworms:
• 50 mg/kg PO once18.
• 0.3% feed for 14 days (clinical trial for cestodes and pin-

worms in mice)19.

For Giardia:
• 20–50 mg/kg PO once daily for 5 days20,21.

Rabbits

For susceptible infections:
• 5 mg/kg PO22.
• 10 mg/kg PO, repeat in 14 days as needed23.
• 50 ppm in feed for 2–6 weeks22.

For pinworms:
• 50 mg/kg PO once18.

For Encephalitozoonosis prevention:
• 20 mg/kg PO q24h for 7 days before and 2 days after

mixing rabbits24.

For treatment of Encephalitozoonosis:
• 20 mg/kg PO q24h for 28 days (if failed to clear all 

parasites)24.
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Ferrets

For susceptible infections:
• 20 mg/kg PO q24h for 5 days25.

Chinchillas

For Giardia:
• 25 mg/kg PO once daily for 3 days26.
• 25–50 mg/kg PO once daily for 5 days20.

Amphibians

For gastrointestinal nematodes:
• 30–50 mg/kg PO27.
• 100 mg/kg PO, repeat in 14 days28.
• 50–100 mg/kg PO, repeat in 2–3 weeks as needed29.
• 50 mg/kg PO q24h for 3–5 days, repeat in 14–21 days

(for resistant infections)30.
• 100 mg/kg PO on day 1 of fenbendazole, then 0.2

mg/kg ivermectin PO on days 2 and 1128.

For gastrointestinal nematodes with concurrent
protozoal infection:
• 100 mg/kg PO of fenbendazole, repeat in 10–14 days

with 10 mg/kg metronidazole PO q24h for 5 days28.

Reptiles

For susceptible infections:
• 50–100 mg/kg PO once; repeat in 2–3 weeks as

needed31,32,33,34,35.
• 25 mg/kg PO q7d for up to 4 treatments36.
• 50 mg/kg PO q24h for 3–5 days37.

For nematodes in chameleons:
• 50 mg/kg PO q24h for 3 days every 7–10 days38.

For flagellates, nematodes, and Giardia in
chameleons:
• 50 mg/kg PO q24h for 3–5 days38.

For tortoises:
• 50 mg/kg PO q24h for 3 days or 100 mg/kg PO

q14–21d39.

For turtles:
• 100 mg/kg PO q48h for 3 treatments, repeat the 3 treat-

ments in 21 days40,41.

Fish

For susceptible infections:
• 0.2% in feed for 3 days, repeat in 14–21 days42.
• 2.5 mg/g in feed for 2–3 days, repeat in 14 days43.
• 50 mg/kg PO q24h for 2 days, repeat in 14 days43.
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For non-encysted gastrointestinal nematodes:
• 2 mg/L tank water q7d for 3 treatments44.

For treatment of Bothriocephalus acheilognathi
in carp:
• 40 mg/kg in feed q4d for 2 treatments45.

For medicated brine shrimp:
• Place live brine shrimp in 400 mg fenbendazole per

100 ml water for 15–20 minutes immediately before
feeding fish. Feed for 2 consecutive days and repeat in
14 days43.

Birds

For Ascaridia in most species:
• Do not use during molting or nesting.
• 10–50 mg/kg PO once; repeat in 10 days46.
• 25 mg/kg PO, repeat in 14 days47,48.

For flukes or microfilaria in most species:
• 10–50 mg/kg PO once daily for 5 days.
• Ineffective against gizzard worms in finches46.

For nematodes and some trematodes in most
species:
• Do not use during molting or nesting.
• 10–50 mg/kg PO once daily for 3–5 days.
• 20–100 mg/kg oral single dose range.
• 125 mg/L of drinking water for 5 days (50–100 mg/L

for 5 days in finches).
• 100 mg/kg of feed for 5 days49.
• 50 mg/kg PO q24 for 3 days47,50.

For Capillaria in most species:
• 50 mg/kg PO q24 for 5 days47.

For susceptible infections in ratites:
• 15 mg/kg PO once daily for 3 days51.

For treatment of Capillaria in chickens:
• 1.5–3.9 mg/kg PO q24h for 3 days52.
• 80 mg/kg feed52.

For treatment of nematodes in pigeons:
• 10–12 mg/kg PO q24h for 3 days53.

For treatment of Heterakis and ascarids in
pheasants:
• 10–40 mg/kg PO54.

For treatment of Syngamus, Heterakis, and
Ascaridia in partridges and pheasants:
• 12 mg/kg PO55.
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For treatment of nematodes and trematodes in
game birds:
• 53 mg/kg feed for 5–7 days56.

For treatment of nematodes and trematodes in
raptors:
• 10–50 mg/kg PO, repeat in 14 days57.

For treatment of Capillaria in raptors:
• 20 mg/kg PO q24 for 5 days58.
• 25–50 mg/kg PO q24h for 5 days, repeat in 10–14

days57.
• 100 mg/kg PO once, repeat in 10–14 days57.

For treatment of filarids in raptors:
• 20 mg/kg PO q24h for 14 days58.

For susceptible infections in waterfowl:
• 5–15 mg/kg PO q24h for 5 days59.

For susceptible infections in psittacines:
• 15 mg/kg PO q24h for 5 days60.

For treatment of ascarids in psittacines:
• 20–50 mg/kg PO q24h, repeat in 10 days60,61.

For treatment of trematodes and Microfilaria in
psittacines:
• 20–50 mg/kg PO q24h for 3 days61.

For treatment of Capillaria in psittacines:
• 20–50 mg/kg PO q24h for 5 days61.

Sheep and Goats

For susceptible parasites:
• 5 mg/kg in feed for 3 days62.

Swine

For susceptible parasites:
• 5 mg/kg PO.
• 3 mg/kg in feed for 3 days.
• 10 mg/kg for ascarids62.

For whipworm in potbellied pigs:
• 10 mg/kg PO q24h for 3 days63.

Primates

For susceptible infections in lemurs:
• 50 mg/kg PO q24h for 3 days64.

For Filaroides:
• 50 mg/kg PO q24h for 14 days65.
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Fenthion

Activity: Used to treat susceptible ectoparasites in dogs
(fleas) and swine (lice).

MOA: Fenthion is a topical organophosphate drug
that inhibits acetylcholinesterase in susceptible ectopara-
sites, inhibiting neuromuscular transmission.
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Dogs

For treatment of fleas:
• 4–8 mg/kg topically, not more frequently than once

every 2 weeks (Package Insert; Pro-spot®—Miles).

Swine

• 1/2 fl oz/100 lbs body weight of 3% topical fenthion
(Package Insert; Tiguvon®—Miles).

• Slaughter withdraw: 14 days.

Fipronil

Activity: Used to prevent and treat fleas and ticks in dogs
and cats. Off-label use in: reptiles, birds, rodents, and fer-
rets. Fipronil is contraindicated in rabbits.

MOA: Fipronil interferes with gamma-aminobutyric
acid (GABA) regulated chloride channels which results in
the disruption of CNS activity.

Dogs

• Frontline® Top Spot may be applied once a month to
dogs with severe flea allergy dermatitis or in high risk
areas. Dogs without severe flea allergies and ticks are not
a threat.

• Frontline® Top Spot may be applied once ever 2–3
months. (Label information; Frontline® Top Spot—
Merial).

• Frontline® Topical Spray (0.29%) may be applied at the
intervals mentioned above at the rate of 1.5–3 ml per lb
of body weight (1–2 pumps/lb. using the 250 ml bottle
and 3–6 pumps/lb. using the 100 ml bottle). Dogs with
long hair or thick coats should receive the higher dose
rate.

Cats

• Apply Frontline® Top Spot once a month for flea and
tick control (Label information; Frontline® Top Spot—
Merial).

• Frontline® Topical Spray (0.29%) may be applied at the
intervals mentioned above at the rate of 1.5–3 ml per lb
of body weight (1–2 pumps/lb. using the 250 ml bottle
and 3–6 pumps/lb. using the 100 ml bottle). Cats with
long hair or thick coats should receive the higher dose
rate.

Mice, Hamsters, and Chipmunks

For treatment of adult fleas:
• 7.5 mg/kg topically q30–60 days1.
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Rabbits

• Fipronil is contraindicated in rabbits2.

Ferrets

For treatment of adult fleas:
• Topical Spray (0.29%) may be applied at the rate of 1

pump of spray or 1/5–1/2 of cat pipette topical q60
days2.

• 0.2–0.4 ml topically q30d3.

Reptiles

For susceptible infections:
• Topical Spray (0.29%) may be sprayed or wiped on

q7–10 days4.

Birds

For susceptible infections:
• Topical Spray (0.29%) may be sprayed on skin once,

then repeated in 30 days as needed5.

REFERENCES
1. Richardson, V.C.G. (1997) Diseases of Small Domestic Rodents, Blackwell

Scientific, Oxford.
2. Morrisey, J.K. (1998) Ectoparasites of small mammals. Proc. North Am.
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Formalin

Activity: Used to treat protozoa, trematodes, and crus-
tacean ectoparasites in fish. Formalin is a carcinogen and
toxic to plants.

MOA: Formalin denatures peptides, resulting in the
death of susceptible parasites.

Fish

• All doses are based on volumes of 100% formalin.
• Some fish are very sensitive to formalin; therefore it is

recommended to test on a smaller number of fish first.

For Ichthyophthirius:
• 0.025 ml/L tank water q48h for 3 treatments; change up

to 50% of water on alternating days1.
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• 0.025 ml/L of formalin combined with 0.1 mg/L mala-
chite green in tank water every 48 hours for 3 treat-
ments; change 50% of tank water on alternating days1.

For susceptible parasites:
• 0.015–0.025 ml/L tank water1.
• 0.125–0.25 ml/L for up to 60 min. bath, repeat q24h

for 2–3 days as needed; only treat every 3 days if using
maximum dose1.

• 0.4 ml/L for up to 60 min. bath every 3 days, up to 3
treatments (soft water)2.

• 0.5 ml/L for up to 60 min. bath every 3 days, up to 3
treatments (hard water)2.

• 25 mg/L water in ponds; <250 mg/L water for 1 hr. in
tanks and raceways3.

• 10 ppm in bath indefinitely (hybrid striped bass and
other sensitive species)4.

• 15–25 ppm in bath indefinitely or repeated every 3 days
with 70%–90% water changes4.

• 250 ppm for 5–10 min. dip4.
• 400 ppm in soft water for up to 1 hr. bath every 3 days

for 3 treatments4.
• 500 ppm in hard water for up to 1 hr. bath every 3 days

for 3 treatments4.
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Furazolidone

Activity: Used in dogs, cats, and primates primarily for the
treatment of Giardia. Furazolidone also has antiparasitic
effects against Trichomonas and coccidiosis.

MOA: The mechanism of action of furazolidone
against protozoa is poorly understood.

Dogs

For Amebic Colitis:
• 2.2 mg/kg PO q8h for 7 days1.

For Coccidiosis:
• 8–20 mg/kg PO for 1 week1.
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For Giardia:
• 4 mg/kg PO q12h for 7 days2.

For Cystoisospora spp.:
• 8–20 mg/kg PO q12–24h for 5 days2.

For Amebiasis:
• 2.2 mg/kg PO q8h for 7 days3.

Cats

For Giardia:
• 4 mg/kg PO q12h for 7–10 days; if re-treatment is needed,

dose may be increased or treatment time lengthened4.
• 4 mg/kg PO q12h for 5 days1.
• 4 mg/kg PO q12h for 7 days2.
• 4 mg/kg PO q12h for 5–10 days3.

For Amebic Colitis:
• 2.2 mg/kg PO q8h for 7 days1,3.

For Coccidiosis:
• 8–20 mg/kg PO for 1 week1,3.

For Cystoisospora spp.:
• 8–20 mg/kg PO q12–24h for 5 days2.

Primates

For treatment of Giardia in great apes:
• 5 mg/kg PO q6h for 7 days (juvenile great apes)5.
• 100 mg/animal PO for 7 days (adult great apes)5.
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Philadelphia, 352–355.

Imidacloprid

Activity: Used topically to treat and prevent fleas (adult
and larval) in dogs and cats. Also used off label in ferrets
and rabbits.
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MOA: Imidacloprid acts on nicotinic acetylcholine
receptors resulting in CNS impairment and death in sus-
ceptible parasites.

Dogs and Cats

For fleas:
• Apply as directed once a month; do not re-treat more

than once weekly. (Package instructions; Advantage®—
Bayer).

Rabbits

For fleas:
• Use feline dose; place in 2–3 areas along dorsum1.
• 10–16 mg/kg (single 0.4 ml dose, 10% solution) as a

single topical application2,3.

Prairie Dogs

• 1/2 kitten dose topically4.

Ferrets

• 1 cat dose divided into 2–3 spots along dorsum once a
month5.

• 0.1 ml topically once a month6.
• 0.4 ml topically once a month7.
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Medicine and Surgery, 2nd ed. W.B. Saunders, St. Louis, MO, 436–444.
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Imidocarb

Activity: Used to treat Babesia and related parasites in
dogs, cats, and sheep.

MOA: Imidocarb is thought to act on protozoa by
inhibiting DNA replication and repair by combining with
nucleic acids.
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Dogs

For Babesiosis:
• 6.6 mg/kg IM or SC; repeat dose in 2 weeks (Package

Insert; Imizol®—Schering).
• 5–6.6 mg/kg IM or SC; repeat in 14 days or 7.5 mg/kg

IM or SC once1.

For Ehrlichiosis:
• 5 mg/kg IM or SC; repeat in 14–21 days or 5 mg/kg IM

repeat in 84 days1.

For Hepatozoonosis:
• 5 mg/kg IM or SC every 14 days until parasitemia

clears. 1–2 injections are usually sufficient2.

Cats

For Cytauxzoon felis:
• 5 mg/kg IM every 2 weeks3.

Sheep

For Babesiosis:
• 1.2 mg/kg IM; repeat in 10–14 days4.

REFERENCES
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Greene, C. (ed.) Infectious Diseases of the Dog and Cat, W.B. Saunders,
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Chicago, IL.

3. Lappin, M. (2000) Protozoal and miscellaneous infections. In: Ettinger,
S. and Feldman, E. (eds.) Textbook of Veterinary Internal Medicine: Dis-
eases of the Dog and Cat, W.B. Saunders, Philadelphia, 408–417.

4. McHardy, N., Woolon, R., and Clampitt, R. (1986) Efficacy, toxicity,
and metabolism of imidocarb dipropionate in the treatment of Babesia
ovis infection in sheep. Res. Vet. Sci. 41, 14–20.

Ivermectin

Activity: Used in a variety of species as a parasiticide. Con-
traindicated in collies and fish.

MOA: Ivermectin stimulates the release of gamma-
aminobutyric acid (GABA) at presynaptic neurons, result-
ing in paralysis and death of the parasite. Ivermectin is
ineffective against parasites that do not utilize GABA, such
as tapeworms and liver flukes.

Dogs

For heartworm prevention:
• 0.006 mg/kg (6mcg/kg) PO once monthly1.
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• 6–12 mcg/kg PO once monthly2.
• Minimum dosage of 5.98 mcg/kg (0.00598 mg/kg) PO

per month3.
• Minimum dosage of 6 mcg/kg (0.006 mg/kg) PO every

30 days.
• Three tablet sizes are available (0–25 lbs, 26–50 lbs, and

51–100 lbs.). Dogs weighing more than 100 lbs should
receive additional drug so that the minimum dosage is
covered (Package insert; Heartgard 30®—MSD).

As a microfilaricide:
• Administer 0.05 mg/kg 3–4 weeks after adulticide ther-

apy. (Dilute 10 mg/ml solution—Ivomec®—to a 1:10
solution with propylene glycol.) Admit the dog to hos-
pital and monitor for symptoms of toxicity (depression,
mydriasis, ataxia, vomiting, diarrhea, and shock)
throughout the day. Treat any toxicity symptoms (seen
�5% of the time) with fluids and corticosteroids. If
signs of toxicity are absent, the dog may be sent home in
the afternoon. Have dog return in 3 weeks to test for
concentration of microfilaria. If microfilaria test is nega-
tive, begin prophylaxis therapy; if positive, re-check in
one week. If microfilaria persist 4 weeks after treatment,
reevaluate for adult heartworms. For more information,
see the complete reference1.

• 50–200 mcg/kg (0.05–0.2 mg/kg) as a single dose; con-
traindicated in collies4. 4 weeks after adulticidal therapy,
give 50 mcg/kg PO in the morning. (Dilute 10 mg/ml
solution—Ivomec®— to a 1:10 solution with propy-
lene glycol.) Monitor for symptoms of toxicity through-
out the day. If none are observed, the dog may be sent
home in the afternoon. Contraindicated in collies and
collie-mix breeds3.

As an ectoparasiticide (miticide):
for Sarcoptes scabiei or Otodectes cynotis:
• 300 mcg/kg (0.3 mg/kg) SC or PO; repeat in 14 days5.

For Demodicosis:
• 400–600 mcg/kg PO daily. Consider using the test dose

method: Begin at 100mcg/kg PO and increase by 100
mcg/day until the target dose is reached. Discontinue if
toxicity is seen.

• Do not use in collies, Shelties, Old English Sheepdogs,
and other herding dogs6.

As an endoparasiticide:

For Capillaria spp.(lungworm):
• 0.2 mg/kg PO once7.
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For Filaroides osleri:
• 0.4 mg/kg SC once8.

For Eucoleus boehmi:
• 0.2 mg/kg PO once8.

For Pneumonyssoides caninum:
• 0.2 mg/kg SC once8.

Cats

For heartworm prevention:
• Minimum effective dosage: 24 mcg/kg (0.024 mg/kg)

PO every 30–45 days. Hookworms are also controlled at
this dosage9.

For Aelurostrongylus abstrusus:
• 0.4 mg/kg SC once8,10.

Mice, Rats, Gerbils, Guinea Pigs, 
and Chinchillas

For sarcoptid and some fur mites:
• 200–250 mcg/kg SC. Cages cleaned and disinfected11.
• 200 mcg/kg SC or PO every 7 days for 3 weeks12.
• 0.2–0.4 mg/kg SC q7–14d; preferred dose appears to be

0.4 mg/kg q7d13.

For mite control in mice:
• Spray animals with 1% ivermectin diluted 1:100 with

1:1 propylene glycol/water (0.1 mg/ml) or apply topi-
cally behind ear 4–5 times a year14,15.

For guinea pigs with sarcoptid mites:
• 0.5 mg/kg SC; repeat q14d16.

For pinworms in mice:
• 8 mg/L drinking water for 4 days/week for 5 weeks17.

For pinworms in rats:
• 25 mg/L drinking water for 4 days/week for 5 weeks17.

For sarcoptid and some fur mites in hamsters:
• 200–500 mcg/kg SC or PO every 14 days for 3 weeks12.
• 0.2–0.4 mg/kg SC q7–14d; preferred dose appears to be

0.4 mg/kg q7d13.

Rabbits

For Sarcoptes scabiei and Notoedres cati:
• 0.3–0.4 mg/kg SC; repeat in 14 days18.
• 0.2–0.4 mg/kg SC q10–14d13.
• 0.4 mg/kg PO, SC q7–14d19.
• 0.4 mg/kg SC q7d for 2–3 weeks20.
• 0.6 mg/kg SC q14d21.
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For ear mites (Psoroptes):
• 0.2–0.44 mg/kg PO or SC; repeat in 8–18 days18.
• 200 mcg/kg SC; repeat in 2 weeks. All rabbits in colony

should be treated and cages cleaned and disinfected11.
• 0.1–0.2 mg/kg SC; repeat in 14 days22.

Ferrets

For heartworm prevention:
• 0.02 mg/kg PO monthly23.
• 0.05 mg/kg PO q30d; administer 1 month before and

continue 2 months past possible mosquito exposure24,25.
• 0.055 mg/ferret PO q30d (Heartgard®—Merial); use

small cat dose24.

As a microfilaricide:
• 0.05 mg/kg PO or SC; use 3–4 weeks postadulticide

treatment24,25.

For Sarcoptic mange:
• 0.2–0.5 mg/kg SC; repeat q14d for 3 treatments24.
• 0.4 mg/kg PO or SC; repeat in 14–28 days24,26.

For ear mites:
• 0.5–1.0 mg/kg in ears (half dose in each ear); repeat in

14 days; treat cats and dogs in house concurrently24,27.

Amphibians

For nematodes (including lungworms) and mites:
• 0.2–0.4 mg/kg PO or SC; repeat q14d as needed28.
• 10 mg/L as 60 min bath, repeat q14d as needed for

mites29.
• 2 mg/kg topically; repeat in 2–3 weeks30.

Reptiles

• Note: Ivermectin is toxic to chelonians; use of Iver-
mectin on colored skin may result in discoloration.

For most nematodes, ectoparasites (mites):
• For lizards (except skinks), snakes (except indigos)31,

and alligators: 200 mcg/kg (0.2 mg/kg) IM, SC, or PO
once; repeat in 2 weeks32,33,34,35.

• For lizards (except skinks) and snakes (except indigos):
5–10 mg/L water topical q4–5d up to 28 days, spray on
skin and in cage36,37.

Birds

For ascarids, Capillaria, and other intestinal worms,
Knemidocoptes pilae (scaly face and leg mites):
• Dilute to a 2 mg/ml concentration, and use immediately

after diluting.
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For most birds:
• Inject 220 mcg/kg IM38.

Parakeets:
• 0.02 mg/30 g (2000 mcg/30 g) IM38.

Parrots:
• 0.1 mg IM38.

Macaws:
• 0.2 mg IM38.

Finches:
• 0.02 mg IM38.

Raptors:
• 0.4 mg/kg SC once39.

Pigeons:
• 0.5–1.0 mg/kg PO, IM once40.

Canaries:
• 0.8–1.0 mg/L of drinking water41.

For ascarids, Coccidia, and other intestinal
nematodes, Knemidocoptes pilae (scaly face
and leg mites), Oxyspirura, gapeworms:
• Dilute bovine preparation (10 mg/ml) 1:4 with propy-

lene glycol.
• For most species: 200 mcg/kg IM or PO; repeat in

10–14 days42.
• For budgerigars: 0.01 ml of diluted product (see above)

IM or PO42.

For treatment of susceptible parasites in most
species:
• 200 mcg/kg (0.2 mg/kg) SC; dilute using propylene

glycol43.
• 0.2 mg/kg PO, SQ, or IM. Can dilute with water or

saline for immediate use or propylene glycol for
extended use44,45,46,47.

For treatment of susceptible parasites in ratites:
• 200 mcg/kg (0.2 mg/kg) SC, PO, or IM48.

For quill mites in canaries:
• 0.2 mg/kg SC, or topical on skin. Repeat in 4 days if live

mites are still present49.

Sheep

For susceptible parasites:
• 200 mcg/kg for nasal bite infection50.
• 200 mcg/kg SC for one dose51.
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Goats

For susceptible parasites:
• 200 mcg/kg SC for one dose51.

Swine

For susceptible parasites:
• 300 mcg/kg (0.3 mg/kg) SC in the neck behind the ear

(Product Information; Ivomec® Inj. For Swine 1%—
MSD).

• 300 mcg/kg (0.3 mg/kg) SC or IM once for internal
parasites and repeated in 10–14 days for external para-
sites in potbellied pigs52.

• 0.3 mg/kg PO, SC, or IM in miniature pigs; repeat in
10–14 days for sarcoptic mange53.

Primates

For susceptible parasites:
• 0.2 mg/kg PO, SC, or IM; may repeat in 10–14

days54,55,56.
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Levamisole

Activity: Levamisole is an antinematodal parasiticide used
to treat susceptible parasites in multiple species. It is also
used as an immune stimulant.
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MOA: Levamisole stimulates the sympathetic and
parasympathetic ganglia in susceptible parasites, resulting
in paralysis and expulsion.

Dogs

As a microfilaricide:
• 10 mg/kg PO once a day for 6–10 days1.
• 11 mg/kg PO once a day for 6–12 days; examine blood

on the 6th day, discontinue when the microfilaria are
negative. Possible side effects: the risk of toxicity
increases with the duration of the treatment2.

• 11 mg/kg PO once a day for 6–12 days; examine blood
within 7–10 days and at weekly intervals. Avoid giving
on an empty stomach. A “conditioning” dose of 5
mg/kg PO once a day may be necessary. Discontinue if
abnormal behavior or ataxia develops3.

For lungworms:
• 7.5 mg/kg PO bid or 25 mg/kg PO every other day for

10 days4.

For Crenosoma vulpis:
• 8 mg/kg once2.

For Capillaria:
• 7–12 mg/kg once daily PO for 3–7 days5.
• 10 mg/kg PO once daily for 5 days; repeat in 9 days (for

C. aerophila)6.

For Filaroides osleri:
• 7–12 mg/kg once daily PO for 20–45 days5.

Cats

As a microfilaricide:
• 10 mg/kg PO once a day for 7 days7.

For treatment of Ollulanus tricuspis:
• 5 mg/kg SC2.

For lungworms:
• 20–40 mg/kg PO every other day for 5–6 treatments1.
• 25 mg/kg every other day for 10–14 days5.

For Aelurostrongylus abstrusus:
• 100 mg PO daily every other day for 5 treatments; give

atropine (0.5 mg SC 15 minutes before administering)2.
• 15 mg/kg PO every other day for 3 treatments, then 3 days

later give 30 mg/kg PO, then 2 days later give 60 mg/kg2.

For Capillaria aerophila:
• 4.4 mg/kg SC for 2 days, then 8.8 mg/kg once 2 weeks

later2.
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• 5 mg/kg PO once daily for 5 days, followed by 9 days of
no therapy; repeat two times2.

• 10 mg/kg PO once daily for 5 days; repeat in 9 days6.

Rabbits

For nematodes:
• 12.5–20 mg/kg PO (for gastric nematodes) or SC (for

extragastric nematodes)8.

Amphibians

For susceptible nematodes 
(including lungworms):
• 10 mg/kg topically9 or IM10 or intracoelomic11; repeat

in 2 weeks.
• 100 mg/L for > 72h bath (resistant nematodes)9.
• 100–300 mg/L for 24h bath; repeat in 1–2 weeks9.

For cutaneous nematodes in 
african clawed frogs:
• 12 mg/L bath for 4 days; use > 4.2 L of tank

water/frog12.

Reptiles

For susceptible nematodes 
(including lungworms):
• Has a narrow margin of safety (do not use in debilitated

animals or concurrently with chloramphenicol)
• 5–10 mg/kg SC, ICe; repeat in 14 days13.
• 10–20 mg/kg SC, IM, or ICe14.
• 5 mg/kg in chelonians15.
• 10 mg/kg in lizards16 and snakes17.

Fish

For intestinal nematodes:
• 1–2 mg/L for 24h bath18.
• 10 mg/kg PO q7d for 3 treatments18.
• 11 mg/kg IM q7d for 2 treatments18.

For external trematodes:
• 50 mg/L for 2h bath18.
• 4 g/kg feed q7d for 3 treatments18.

Birds

For intestinal nematodes:
For most species:
• 5–15 ml/gallon (using 13.65% injectable) of drinking

water for 1–2 days; repeat in 10 days. If birds refuse to
drink, withhold water prior to treating19.

• 10–20 mg/kg SC once20.
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• Parenteral use: 4–8 mg/kg IM or SC; repeat in 14 days.
May cause vomiting, ataxia, or death. Do not use in
debilitated birds19.

• 264–396 mg/L drinking water for 3 days21.

For pigeons, raptors, and psittacines:
• 20 mg/kg PO once in psittacines, pigeons, and rap-

tors20.
• 15 mg/kg (using 13.65% injectable) for gavage in Aus-

tralian parakeets or desert birds that that will not drink;
repeat in 10 days19.

• 10–20 mg/kg PO q24h for 2 days in raptors22.
• 375 mg/L drinking water as sole water source for 24 hr,

repeat in 7 days for pigeons23.
• 100–200 mg/L drinking water for 3 days for psittacines

and raptors21.

For game birds and waterfowl:
• 20–25 mg/kg SC in game birds24.
• 20–50 mg/kg PO once for waterfowl23,25.
• 265–525 mg/L drinking water for 1 day, repeat in 7–14

days for game birds24,26.

For poultry and ratites:
• 30 mg/kg PO q10d for poultry24 and ratites27.
• 18–36 mg/kg PO in poultry28.
• 265–525 mg/L drinking water for 1 day; repeat in 7–14

days for poultry24,26.

For finches:
• 80 mg/L drinking water for 3 days25.

For Capillaria infections:
• 15–30 mg/kg orally as a single bolus or through a crop

tube29.
• 2.25 mg/gallon of drinking water for 4–5 days; repeat

treatment in 10–14 days29.
• 40 mg/kg PO once in psittacines, pigeons, and rap-

tors20,30.

For Libyostrongylus douglassii in ratites:
• 30 mg/kg PO or IM at one month of age, then once a

month for 7 treatments, then 4 times yearly31.

Sheep and Goats

For susceptible nematodes:
• Refer to specific label direction for approved products.
• 7.5 mg/kg PO28.

For removal of Dictyocaulus viviparus:
• 8 mg/kg PO32.
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Swine

For susceptible nematodes:
• Refer to specific label direction for approved products.
• 8 mg/kg PO in feed or water33.
• 7.5 mg/kg PO28.
• 10 mg/kg PO34.

For Metastrongylus (mature and immature):
• 8 mg/kg PO in feed or water32.

Primates

For susceptible infections:
• 5 mg/kg PO; repeat in 21 days35.
• 10 mg/kg PO (Strongyloides, Filaroides, and Trichuris)36.

For the treatment of Physaloptera in prosimi-
ans:
• 2.5 mg/kg PO q24h for 14 days37.

For the treatment of oral Spiruridiasis in saki
monkeys:
• 4–5 mg/kg PO q24h for 6 days38.
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Lufenuron

Activity: Flea control.
MOA: Inhibits chitin synthesis. Flea eggs are pre-

vented from developing into adults.

Dogs

• Program flavor tabs and tablets are recommended at 10
mg/kg PO once monthly to pups 6 weeks of age and
older.

• Program (lufenuron) flavor tabs and tablets: for dogs up
to 10 lbs give 1 45-mg tablet; 11–20 lbs give 1 90-mg
tablet; 21–45 lbs give 1 204.9-mg tablet, 46–90 lbs give
1 409.8-mg tablet; dogs over 90 lbs should receive the
appropriate combination of tablets ( Program® Flavor
Tabs and Tablets—Novartis).

• Sentinel flavor tabs are recommended once monthly,
given orally, at the minimum dosage rate of 0.23 mg of
milbemycin oxime per pound (0.5 mg/kg) and 4.55 mg
of lufenuron per pound (10 mg/kg) to pups 4 weeks of
age or greater and 2 pounds of body weight or greater.

• Milbemycin/Lufenuron tablets: 2–10 lbs give 1 2.3
mg/46.0-mg tablet; 11–25 lbs give 1 5.75 mg/115-mg
tablet; 26–50 lbs give 1 11.5 mg/230-mg tablet; 51–100
lbs give 1 23.0 mg/460-mg tablet; provide the appropri-
ate combination of tablets to dogs over 100 pounds
(Package Insert; Sentinel®—Novartis).

• See description of milbemycin oxime.

Cats

• 30 mg/kg PO once monthly or 10 mg/kg SC once every
6 months for kittens 6 weeks of age and older. (Package
Insert; Program®—Novartis).

• Program (lufenuron) oral tablets: for cats up to 6 lbs give
1 90-mg tablet; 7–15 lbs give 1 204.9-mg tablet; for cats
over 15 lbs provide the appropriate combination of
tablets (Program® Flavor Tab—Novartis).

• Program (lufenuron) oral suspension (in tube packs): for
cats up to 10 lbs give 135 mg; 11–20 lbs give 270 mg,
for cats over 20 lbs provide the appropriate combination
of tube packs (Program® Suspension—Novartis).
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• Program (lufenuron) 6-month injectable: 100 mg/ml in
10 syringe packages. For cats up to 8.8 lbs give 0.4 ml
(40 mg) prefilled syringe; 8.9–17.6 lbs give 0.8 ml (80
mg) prefilled syringe (Program® 6-Month Injectable—
Novartis).

Rabbits

• 30 mg/kg PO once monthly1.

Ferrets

• 30–45 mg/kg PO once monthly2.

REFERENCES
1. Ivey, E. and Morrisey, J. (2000) Therapeutics in rabbits. Vet Clin. N. Am:

Exotic Anim. Pract 3, 183–213.
2. Morrisey, J.K. (1998) Ectoparasites of ferrets and rodents. Proc. N. Am:

Vet. Conf. 844–845.

Malachite Green

Activity: For use in freshwater fish and amphibians for
protozoan ectoparasites. Toxic to some fish species and fry,
also mutagenic and teratogenic. Increased toxicity at
higher temperatures and lower pH. Toxic to plants.

MOA: Malachite green is a protein-binding dye
which permeates the cellular membrane resulting in cell
damage and death of susceptible parasites.

Amphibians

For protozoa:
• 0.15 mg/L for 1 hr bath every 24 hr to effect1.

Fish

For protozoal ectoparasites in freshwater fish:
• Prepare stock solution 3.7 mg/ml (1.4 g malachite green

in 380 ml water).
• 100 mg/L topical to skin lesions2.
• 0.1 mg/L tank water q3d for 3 treatments2.
• 0–60 mg/L for 10–30 sec. bath2.
• 1 mg/L for 30–60 min. bath; use 2 mg/L if pH is high2.
• See formalin for combination.
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Melarsomine

Activity: Heartworm treatment of stabilized class I, II, and
III heartworm disease caused by stage L5 larvae to mature
adult infections by Dirofilaria immitis.

MOA: Exact mechanism is not known.

Dogs

• Consult manufacturers’ worksheets to determine the
classification and recommended needle size.

• Class I: 2.5 mg/kg deep IM as directed (lumbar epaxial
muscles: L3–L5) twice 24 hours apart and rest. Use
alternating sides with each administration. The regimen
may be repeated in 4 months (Package Insert; Immiti-
cide®—Merial).

• Class II: 2.5 mg/kg deep IM as directed (lumbar epaxial
muscles: L3–L5) twice 24 hours apart and rest; give
symptomatic treatment as required. Use alternating
sides with each administration. The regimen may be
repeated in 4 months(Package Insert; Immiticide®—
Merial).

• Class III: 2.5 mg/kg deep IM as directed (lumbar epaxial
muscles: L3–L5). Strict rest and give all necessary sys-
temic treatment. One month later, give 2.5 mg/kg deep
IM as directed (lumbar epaxial muscles: L3–L5) twice
24 hours apart (Package Insert; Immiticide®—Merial).

Ferrets

• 2.5 mg/kg IM once; repeat in 30 days with two treat-
ments 24 hours apart. After treatment use prednisone at
1 mg/kg q24h for 4 months1.

REFERENCE
1. Brown, S.A. (1999) Ferret drug dosages. In: Antinoff, N.L., Bauck, T.H.

and Boyer, N., et al. (eds.) Exotic Animal Formulary, 2nd ed. American
Hospital Association, Lakewood, CO, 43–61.

Metronidazole

Activity: Parasiticidal: Giardia, Trichomonas, Balantidium
coli, and Entamoeba histolytica.

MOA: Poorly understood. Trichomonacidal and ame-
bicidal; it acts as a direct amebicide.

Dogs

For treatment of Giardia:
• 25 mg/kg PO q12h for 8 days1.
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• 44 mg/kg PO initially, then 22 mg/kg PO q8h for 5
days2.

• 25–65 mg/kg PO once daily for 5 days3.
• 30–60 mg/kg PO once daily for 5–7 days (also for

trichomoniasis)4.
• 25 mg/kg PO q12h for 8 days for Entamoeba histolytica

or Pentatrichomonas hominis1.

Cats

For treatment of Giardia:
• 25 mg/kg PO q12h daily for 8 days1.
• 8–10 mg/kg PO q12h daily for 10 days (also for

trichomoniasis)4.

For other protozoal infections: Entamoeba
histolytica or Pentatrichomonas hominis:
• 25 mg/kg PO q12h for 8 days1.

Mice

• 3.5 mg/ml of drinking water for 5 days5.
• 2.5 mg/ml of drinking water for 5 days5.

Rats

• 20–60 mg/kg PO q8–12h5.
• 2.5 mg/ml in water for 5 days5.

Gerbils and Hamsters

• 7.5 mg/70–90 grams of body weight PO q8h5.

Ferrets

For susceptible infections:
• 10–30 mg/kg PO once to twice daily6.
• 15–20 mg/kg PO q12h for 2 weeks for gastrointestinal

protozoa7.

Chinchillas

• 50–60 mg/kg PO twice daily for 5 days as an parasiti-
cide for Giardia. Use with caution8.

Guinea Pigs

• 10–40 mg/kg PO once daily5.
• 25 mg/kg PO q12h9.

Amphibians

• 10 mg/kg PO q24h for 5–10 days for protozoa10,11.
• 50 mg/kg PO q24h for 3–5 days for confirmed cases of

amoebiasis and flagellate overload11.
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• 100 mg/kg PO q3d for protozoa12.
• 100–150 mg/kg PO; repeat in 2–3 weeks or as needed

for protozoa such as Entamoeba, Hexamita, Opalina13.
• 500 mg/100 g of feed for 3–4 treatments for ciliates13,14.

For aquatic amphibians:
• 50 mg/L of water for 24h for protozoa11,15.

Reptiles

For amoebae and flagellates in most species:
• 100–275 mg/kg PO; repeat in 1–2 weeks.

For Drymarchon spp., Lampropeltis pyrome-
lana, and Lampropeltis zonata:
• 40 mg/kg PO once; repeat in 2 weeks16.

Most species:
• 25–40 mg/kg PO on days 1 and 3 or q24h for up to 7

days17.
• 100 mg/kg PO q3d for 14–28 days18.

Most species (except uracoan rattlers, milk
snakes, tricolor king snakes, and indigo snakes):
• 100 mg/kg PO; repeat in 14 days19,20,21,22.

Uracoan rattlers, milk snakes, tricolor king
snakes, and indigo snakes:
• 40 mg/kg PO; repeat in 14 days21.

Corn snakes:
• 50 mg/kg PO q48h23.

Chameleons:
• 40–60 mg/kg PO q7–14d for 2–3 treatments24.
• 50 mg/kg PO q24h for 2–5d when accompanied by

increased gastrointestinal symptoms25.

Chelonians:
• 50 mg/kg PO q24h for 3–5 days or 100 mg/kg PO

q14–21d26.

Fish

• 6.6 mg/L of water q24h for 3 days or 25 mg/L of water
q48h for 3 treatments for Spironucleus and other inter-
nal and external flagellates27.

• 25 mg/kg q24h in feed for 5–10 days or 100 mg/kg
q24h for 3 days27.

• 6.25–18 mg/g of feed for 5 days28.
• 50 mg/kg PO q24h for 5 days29.
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Birds

Most species:
• 20–35 mg/kg IM q24h for 2 days30.
• 25–50 mg/kg PO q12–24h for 5–10 days31.

Psittacines:
• 30 mg/kg PO q12h for 10 days32.
• 10–20 mg/kg IM q24h for 2 days31.
• 10–30 mg/kg PO or IM q12h for 10 days33,34.

Psittacine neonates:
• 25 mg/kg PO q12h for 2–10 days35.

Canaries:
• 100 mg/L of drinking water or 100 mg/kg of soft feed36.

Budgerigars:
• 40 mg/kg PO q24h for 7 days37.

Finches:
• 30 mg/kg once by gavage or 40 mg/L of water for treat-

ment of Cochlosoma38.

Gouldian finches:
• 30 mg/kg PO q12h for 6 days for Trichomonas39.

Pigeons:
• 10–20 mg/kg IM q24h for 2 days40.
• 50 mg/kg PO q12h for 5 days41.
• 4 g/gal of drinking water42.

Poultry:
• 110 mg/kg PO q12h for Histomonas43.
• 30 mg/kg PO q12h44.

Raptors:
• 30 mg/kg PO q12h for 5–7 days45.

Raptors, for trichomonas:
• 50 mg/kg PO q24h for 5 days46 or 100 mg/kg PO q24h

for 3 days47.

Game birds:
• 1.5 g/gal of drinking water for 5–15 days48.
• 400 mg/L of drinking water for 5–15 days for protozoal

sinusitis49.

Ratites:
• 20–25 mg/kg PO q12h50.
• 1250 mg/L of drinking water for 7–10 days51.

Rheas:
• 40 mg/kg PO q24h 52.
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Miniature pigs

• 66 mg/kg PO q24h53.

Primates

• 17.5–25 mg/kg PO q12h for 10 days for enteric flagel-
lates and amoebas54.

• 30–50 mg/kg PO q12h for 5–10 days for Balantidium
coli54,55.
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Milbemycin Oxime

Activity: Heartworm prophylaxis, Microfilaricide,
Demodicosis treatment. In dogs Sentinel is indicated for
use in the prevention of heartworm disease caused by
Dirofilaria immitis, control of the adult hookworm Ancy-
lostoma caninum, and removal and control of the adult
roundworms Toxocara canis and Toxascaris leonina and the
adult whipworm Trichuris vulpis. Sentinel also contains
lufenuron, which prevents the development of flea eggs,
but does not kill adult fleas. (Package Insert; Sentinel®—
Novartis). In cats, Interceptor is indicated for use in the
prevention of heartworm disease caused by Dirofilaria
immitis and removal of the adult hookworm Ancylostoma
tubaeforme and the adult roundworm Toxocara cati (Pack-
age Insert; Interceptor®—Novartis).

See the description for lufenuron.
MOA: Gamma-aminobutyric acid (GABA) inhibitor

of invertebrates.

Dogs

• 0.5–2 mg/kg PO once daily for generalized demodicosis1.
• 1 mg/kg PO daily for one month past the point of nega-

tive skin scrapings for generalized demodicosis2.
• 2 mg/kg PO every 7 days for 3 doses or 0.75 mg/kg once

daily for 30 days for treatment of sarcoptic mange3.
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• 2 mg/kg PO every 7 days for 3 doses for treatment of
cheyletiellosis3.

• Interceptor flavor tabs are recommended once monthly,
given orally, at the minimum dosage rate of 0.23 mg of
milbemycin oxime per pound of body weight to pups 4
weeks of age or greater and 2 pounds of body weight or
greater.

• Milbemycin tablets: 2–10 lbs give one 2.3-mg tablet,
11–25 lbs give one 5.75-mg tablet, 26–50 lbs give one
11.5-mg tablet, 51–100 lbs give one 23-mg tablet; pro-
vide the appropriate combination of tablets to dogs over
100 pounds (Package Insert; Interceptor®—Novartis).

• Sentinel flavor tabs are recommended once monthly,
given orally, at the minimum dosage rate of 0.23 mg of
milbemycin oxime per pound (0.5 mg/kg) and 4.55 mg
of lufenuron per pound (10 mg/kg) to pups 4 weeks of
age or greater and 2 pounds of body weight or greater.
For dogs 2–10 lbs give one 2.3-mg/46-mg tablet, 11–25
lbs give one 5.75 mg/115-mg tablet, 26–50 lbs give one
11.5 mg/230-mg tablet, 51–100 lbs give one 23 mg/
460-mg tablet; provide the appropriate combination
of tablets to dogs over 100 pounds (Package Insert;
Sentinel®—Novartis).

Cats

• Interceptor flavor tabs are recommended once monthly,
given orally, at the minimum dosage rate of 0.9 mg of
milbemycin oxime per pound of body weight to kittens
6 weeks of age or greater and 1.5 pounds of body weight
or greater.

• 1.5–6 lbs give one 5.75-mg tablet, 6.1–12 lbs give one
11.5-mg tablet, 12.1–25 lbs give one 23-mg tablet;
provide the appropriate combination of tablets to
cats over 25 pounds (Package Insert; Interceptor®—
Novartis).

Ferrets

• Interceptor at 1.15–2.33 mg/kg PO q30d for heart-
worm prevention4.

Birds

Turkeys:
• Interceptor at 0.2 mg/kg PO q28d for nematodes5.

Galliformes:
• Interceptor at 2 mg/kg PO; repeat in 28 days for nema-

todes6.
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Morantel Tartrate

Activity: In cattle it is labeled for the removal of the adult
forms of Haemonchus spp., Ostertagia spp, Trichostrongylus
spp., Nematodirus spp., Cooperia spp., and Oesophagosto-
mum radiatum.

MOA: Acts as a depolarizing neuromuscular blocking
agent, similar to acetylcholine, which paralyzes susceptible
parasites. In Haemonchus species it also acts as an inhibitor
of fumarate reductase.

Sheep

• 10 mg/kg PO1.

REFERENCE
1. Roberson, E.L. (1988) Antimicrobial agents. In: Booth, N.H. and

McDonald, L.E. (eds.) Veterinary Pharmacology and Therapeutics, Iowa
State University Press, Ames, IA, 882–927.

Moxidectin

Proheart®6 is currently off the market.
Activity: In dogs moxidectin (Proheart®6) is labeled

for heartworm prevention and hookworm treatment.
MOA: Affects chloride ion channels and enhances the

release of gamma-aminobutyric acid (GABA) at presynap-
tic neurons.

Dogs

• 3 mcg/kg PO once monthly for heartworm prevention.
(Package Insert; Proheart®6—Fort Dodge).

• 0.05 ml/kg (0.17 mg/kg) of the constituted product SC
(left or right side of dorsum of the neck cranial to the
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scapula) every 6 months for heartworm prevention.
May not be effective for treatment of hookworms for the
entire 6 months (Package Insert; Proheart®6—Fort
Dodge).

• 0.2–0.4 mg/kg PO once daily for generalized demodico-
sis. Clinical cure averages 75 days and parasitic cure
averages 112 days1.

Rabbits

• 0.2 mg/kg PO; repeat in 10 days for Psoroptic mange2.

Amphibians

• 200 ug/kg SC every 4 months for nematodes3.

Birds

Ramphastids:
• 0.2 mg/kg IM once4.

Raptors and red-crested cardinals:
• 0.2 mg/kg PO5.
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Oxfendazole

Activity: In horses it is labeled for the removal of large
roundworms (Parascaris equorum), large strongyles
(Strongylus edentatus, S. equinus, and S. vulgaris), small
strongyles, and pinworms (Oxyuris equi).

MOA: Interferes with polymerization of micro-
tubules; causes death by starvation.

Amphibians

• 5 mg/kg PO1.
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Reptiles

Most species:
• 68 mg/kg; repeat in 14–28 days as needed2.

Birds

Most species (includes finches):
• 10–40 mg/kg PO once3,4.

Raptors:
• 20 mg/kg PO once5.

Ramphastids:
• 15–25 mg/kg PO; repeat in 15 days if needed6.

Sheep

• 5 mg/kg PO7,8.

Goats

• 7.5 mg/kg PO7.

Swine

• 3–4.5 mg/kg PO7.
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Oxibendazole

Activity: In horses it is labeled for the removal of large
roundworms (Parascaris equorum), large strongyles
(Strongylus edentatus, S. equinus, and S. vulgaris), small
strongyles, threadworms, and pinworms (Oxyuris equi).
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MOA: Interferes with polymerization of micro-
tubules; causes death by starvation.

Sheep

• 10–20 mg/kg PO1.

Swine

• 15 mg/kg PO2.
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Piperazine

Activity: Labeled for the treatment of ascarids in dogs,
cats, horses, poultry, and swine.

MOA: Believed to block acetylcholine at the neuro-
muscular junctions, thus paralyzing the ascarids.

Dogs and Cats

• 45–65 mg of base/kg PO. 150 mg maximum for cats
and puppies less than 2.5 kg1,2.

• 110 mg/kg PO; repeat in 21 days3.
• 20–30 mg/kg PO once4.

Rodents

Citrate formulation:
• 2–5 mg/ml of drinking water for 7 days, then discontin-

ued for 7 days, followed by another 7 days PO for the
treatment of pinworms5.

Mice and Rats

• Adipate formulation: 4–7 mg/ml of drinking water for
3–10 days6.

• Citrate formulation: 4–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days6.

• Citrate formulation: 3 grams/L of drinking water for 2
weeks for the treatment of pinworms7.

• Citrate formulation: 2–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days for the treatment of pinworms and tapeworms8.

Rats

• Adipate formulation: 200 mg/kg PO q24h for 7 days,
then discontinued for 7 days, followed by another

34442 BM_745-788.qxd  3/28/07  4:35 PM  Page 772



7 days for the treatment of pinworms; or 0.5 mg/ml of
drinking water for 21 days for the treatment of pin-
worms5.

Gerbils

• Adipate formulation: 200–600 mg/kg PO q24h for 7
days, then discontinued for 7 days, followed by another
7 days5.

• Citrate formulation: 3 grams/L of drinking water for 2
weeks for the treatment of pinworms7.

• Citrate formulation: 2–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days for the treatment of pinworms and tapeworms8.

Hamsters

• Adipate formulation: 3–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days6.

• Citrate formulation: 10 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days6.

• Citrate formulation: 3 grams/L of drinking water for 2
weeks for the treatment of pinworms7.

• Citrate formulation: 2–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days for the treatment of pinworms and tapeworms8.

Rabbits

• Adipate formulation: 500 mg/kg PO for 2 days9.
• Adipate formulation: For adult rabbits 200–500 mg/kg

PO q24h for 2 days; for young rabbits 750 mg/kg PO
q24 h for 2 days for the treatment of pinworms10.

• Citrate formulation: 200 mg/kg PO; repeat in 14–21
days11,12.

• Citrate formulation: 3 grams/L of drinking water for 2
weeks for the treatment of pinworms7.

• Citrate formulation: 100 mg/kg PO q24h for 2 days for
the treatment of pinworms10.

Ferrets

• 50–100 mg/kg PO for 14 days13.

Chinchillas

• Adipate formulation: 500 mg/kg PO q24h6.
• Citrate formulation: 100 mg/kg PO q24h for 2 days6.
• Citrate formulation: 2–5 mg/ml of drinking water for 7

days, then discontinued for 7 days, followed by
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another 7 days for the treatment of pinworms and tape-
worms8.

Guinea Pigs

• Adipate formulation: 4–7 mg/ml of drinking water for
3–10 days6.

• Citrate formulation: 10 mg ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days6.

• Citrate formulation: 2–5 mg/ml of drinking water for 7
days, then discontinued for 7 days, followed by another
7 days for the treatment of pinworms and tapeworms8.

Amphibians

• 50 mg/kg PO; repeat in 2 weeks14.

Reptiles

Most species:
• 40–60 mg/kg PO; repeat in 14 days15.

Crocodilians:
• 50 mg/kg PO; repeat in 14 days14.

Fish

• 10 mg/kg q24h for 3 days for nonencysted gastrointesti-
nal nematodes16.

Birds

Pigeons:
• 35 mg/kg PO q24h for 2 days for ascarids or 79 mg/L of

water for 2 days for ascarids17.
• 250 mg/kg PO once18,19.
• 1000 mg/L of drinking water for 3 days18,19.
• 1000–2000 mg/L of drinking water for 1–2 days20,21.

Chickens:
• 50–100 mg/kg PO once21,22.

Turkeys:
• 100–400 mg per bird PO21.

Poultry:
• 100–500 mg/kg PO once; repeat in 10–14 days for

ascarids23.

Game birds:
• 100–500 mg/kg PO once; repeat in 10–14 days21.
• 1000–2000 mg/L of drinking water for 1–2 days20,21.
• 2000–4000 mg/kg of feed21.
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Waterfowl:
• 45–200 mg/kg PO once for Tetrameres and Capillaria24.
• 1600–2600 mg/L of drinking water for Tetrameres and

Capillaria25.

Psittacines:
• 250 mg/kg PO once18,19.

Raptors:
• 100 mg/kg PO; repeat in 14 days19,26.
• 1000 mg/L of drinking water for 3 days18,19.

Parakeets and canaries:
• Citrate formulation at 0.5 mg/kg27.

Swine

• 110 mg/kg (as base). Citrate salt usually used in feed as a
one day treatment, and hexahydrate in drinking water.
Dose must be consumed in 8–12 hours2.

Miniature pigs:
• 200 mg/kg PO28.

Primates

• 65 mg/kg PO q24h for 10 days29.
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Praziquantel

Activity: In dogs it is labeled for the treatment of Dipylid-
ium caninum, Taenia pisiformis, and Echinococcus granulosus.
In cats it is labeled for the treatment of Dipylidium can-
inum and Taenia taeniaeformis.

MOA: The exact mechanism has not been completely
determined. At low concentrations it appears to impair the
worm’s sucker function and increases its motility. At higher
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concentrations it increases the contraction of the worm’s
strobila (proglottid chain). At very high concentrations the
contractions are irreversible. At specific sites on the cestode
integument it causes vacuolization with subsequent disin-
tegration.

Dogs

• IM or SC using the 56.8 mg/ml injectable product: 5 lbs
or less administer 17 mg (0.3 ml), 6–10 lbs administer
28.4 mg (0.5 ml), 11–25 lbs administer 56.8 mg (1.0
ml), over 25 lbs administer 0.2 ml/5 lb body weight,
maximum of 3 ml (Package insert; Droncit® Injectable
and Tablets—Miles).

• Oral using the 34-mg canine tablet: 5 lbs or less admin-
ister 17 mg (1/2 tablet), 6–10 lbs administer 34 mg (1
tablet), 11–15 lbs administer 51 mg (1.5 tablets), 16–30
lbs administer 68 mg (2 tablets), 31–45 lbs administer
102 mg (3 tablets), 46–60 lbs administer 136 mg (4
tablets), over 60 lbs administer 170 mg (5 tablets maxi-
mum) (Package insert; Droncit® Injectable and
Tablets—Miles).

• 10 mg/kg for Echinococcus granulosis1.
• 7.5 mg/kg PO once for Diphyllobothrium sp.2.
• 7.5 mg/kg PO q24h for 2 days for Spirometra man-

sonoides and Diphyllobothrium erinacei3.
• 23–25 mg/kg PO q8h for 3 days for Paragonimus kelli-

cotti4,5.
• 20–40 mg/kg once daily for 3–10 days for liver flukes of

Platynosomum and Opisthorchiidae6.

Cats

• IM or SQ using the 56.8 mg/ml injectable product:
under 5 lbs administer 11.4 mg (0.2 ml), 5–10 lbs
administer 22.7 mg (0.4 ml), 10 lb and over administer
34.1 mg (0.6 ml maximum) (Package insert; Droncit®
Injectable and Tablets—Miles).

• Oral using the 23 mg feline tablet: 4 lbs and under
administer 11.5 mg (1/2 tablet), 5–11 lbs administer 23
mg (1 tablet), Over 11 lbs administer 34.5 mg (1.5
tablets) (Package insert; Droncit® Injectable and
Tablets—Miles).

• 23–25 mg/kg PO q8h for 3 days for Paragonimus kelli-
cotti4,5.

Rodents

All species:
• 6–10 mg/kg PO or SQ; repeat in 10 days for cestodes7,8.
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Gerbils, Mice, and Rats

• 30 mg/kg PO q14d for 3 treatments9.
• 30 mg/kg PO once for cestodes10.
• 6–10 mg/kg PO for cestodes11.

Hamsters

• 30 mg/kg PO once for cestodes10.
• 6–10 mg/kg PO for cestodes11.

Rabbits

• 5–10 mg/kg SQ, PO, or IM; repeat in 10 days12.

Ferrets

• 5–10 mg/kg PO or SC; repeat in 10–14 days for ces-
todes8,13.

Chinchillas

• 6–10 mg/kg PO14.
• 6–10 mg/kg PO for cestodes11.

Guinea Pigs

• 6–10 mg/kg PO for cestodes11.

Amphibians

• 8–24 m/kg topical, PO, SQ, or intracoelomic; repeat
q14d for trematodes and cestodes15.

• 10 mg/L of water for 3 hrs, repeat q7–21d for trema-
todes and cestodes15.

Reptiles

Most species:
• 8 mg/kg PO, SC, or IM; repeat in 14 days for trema-

todes and cestodes16,17,18.

Chameleons:
• 5–10 mg/kg PO q14d for flukes19.

Loggerhead sea turtles:
• 25 mg/kg PO q3h for 3 treatments20.

Fish

• 5–10 mg/L of water for 3–6 hrs; repeat in 7 days for
Monogenean trematodes and cestodes. Some marine fish
are sensitive and may be toxic to Corydoras catfish21.

• 2 mg/L or water for 2–4 hrs for metacercaria22.
• 5 mg/kg PO q24h for 3 treatments23.
• 2–10 mg/L of water for up to 4 hrs. Monitor for

lethargy, incoordination, and loss of equilibrium24.
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• 5–12 mg/g of feed for 3 days24.
• 5 mg/kg PO in feed q7d for up to 3 treatments25.
• 5 mg/kg PO or intracoelomic; repeat in 14–21 days for

cestodes, some internal digenean trematodes21.
• 50 mg/kg PO once via gavage or give 0.5% in feed at

1% of body weight per day for adult cestodes26.

Birds

Most species including pigeons:
• 10–20 mg/kg PO; repeat in 10–14 days27.

Most species except finches:
• 7.5 mg/kg SC or IM; repeat in 2–4 weeks28.
• 1/4 of 1 23-mg tablet/kg PO in food or via gavage;

repeat in 10–14 days for cestodes; injectable form is
toxic to finches29.

Finches:
• 12-mg crushed tablet baked into a 9" � 9" � 2" cake.

Withhold regular food and preexpose to a nonmed-
icated cake30.

Chickens:
• 8.5 mg/kg IM; 10 mg/kg PO; 11 mg/kg SQ once12.

Psittacines:
• 5–10 mg/kg PO; repeat in 2–4 weeks28.
• 9 mg/kg IM; repeat in 10 days for cestodes31.
• 9 mg/kg IM q24h for 3 days, then PO q24h for 11 days

for trematodes32.

Passerines:
• 5–10 mg/kg PO; repeat in 2–4 weeks28.

Raptors:
• 30–50 mg/kg PO, SC, or IM; repeat in 14 days for ces-

todes33,34.
• 9 mg/kg IM q24h for 3 days, then PO q24h for 11 days

for trematodes33.
• 5–10 mg/kg PO or SC q24h for 14 days for trema-

todes33,35,36.

Waterfowl:
• 10–20 mg/kg SC or IM, repeat in 10 days for ces-

todes37.
• 5–10 mg/kg PO or SC q24h for 14 days for trema-

todes35,36.
• 10 mg/kg PO, SC, or IM q24h for 14 days for trema-

todes10.

Toucans:
• 10 mg/kg IM q24h for 3 days, then PO q24h for 11

days10.
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• 10 mg/kg PO, SC, or IM q24h for 14 days for trema-
todes10; this can be followed with 6 mg/kg PO q24h for
14 days38.

Sheep and Goats

• 10–15 mg/kg for all species of Moniezia, Stilesia, and
Avitellina3.

Primates

• 15–20 mg/kg PO or IM for some cestodes39.
• 40 mg/kg PO or IM for trematodes39.

Red ruffed lemurs:
• 23 mg PO q10d for 3 treatments. Administer with

albendazole.
• 28.5 mg PO q12h for 10 days for 3 treatments with a

10-day interval for subcutaneous cysticercosis40.
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Pyrantel

Activity: In dogs it is labeled for removal of ascarids (Toxo-
cara canis, Toxascaris leonina), hookworms (Ancylostoma
caninum, Uncinaria stenocephala), and stomach worms
(Physaloptera). In swine tartate formulation is labeled for
prevention and removal of large roundworms (Ascaris
suum) and Oesophagostomum spp. It also has activity
against the stomach worm (Hyostrongylus rubidus).

MOA: Pyrantel paralyzes the parasite. It is a depolar-
izing neuromuscular blocking agent that possesses nico-
tine-like abilities and acts similarly to acetylcholine; it also
inhibits cholinesterase.

Dogs

• 10 mg/kg (as base) PO for dogs weighing less than 5 lbs,
5 mg/kg (as base) PO for dogs weighing more than 5
lbs.

• Treat puppies at 2, 3, 4, 6, 8, and 10 weeks of age.
• Treat lactating bitches 2–3 weeks after whelping.
• Do follow-up fecal examination 2–4 weeks after treating

to determine need for retreatment. (Label directions;
Nemex® Tabs—Pfizer).

Cats

Ascarids, hookworms, Physaloptera:
• 5 mg/kg PO once for Physaloptera; repeat in two weeks

for ascarids and hookworms1.
• 10 mg/kg; repeat in 3 weeks2.

Rodents

• Pamoate formulation: 50 mg/kg PO for nematodiasis3.

Rabbits

• Pamoate formulation: 5–10 mg/kg PO, SQ, or IM;
repeat in 10 days4.

• Pamoate formulation: 5–10 mg/kg PO; repeat in 14–21
days5.
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Ferrets

• Pamoate formulation: 4.4 mg/kg PO; repeat in 14
days6.

Reptiles

• Pamoate formulation: 5 mg/kg PO; repeat in 14 days
for nematodes7.

Fish

• Pamoate formulation: 10 mg/kg in feed once for gastric
nematodes8.

Birds

Most species:
• Pamoate formulation at 7 mg/kg PO; repeat in 14 days9.
• 4.5 mg/kg PO once; repeat in 14 days for nematodes10.

Psittacines and passerines:
• 100 mg/kg PO once for nematodes11.

Pigeons:
• Pamoate formulation at 20–25 mg/kg PO12.

Raptors:
• Pamoate formulation at 7–20 mg/kg PO; repeat in 14

days13 or 20 mg/kg PO once14.

Ramphastids:
• Pamoate formulation at 70 mg/kg PO once; repeat if

necessary15.

Sheep and Goats

• Tartrate formulation: 25 mg/kg PO16.

Swine

• Tartrate formulation: 22 mg/kg PO or in feed at a rate
of 800 g/ton as a single treatment for removal of Ascaris
suum or Oesophagostomum spp.

• 2.6 mg/kg PO or in feed at a rate of 96 g/ton for 3 days
for Ascaris suum only17.

• Tartrate formulation: 22 mg/kg PO with a maximum of
2 grams per animal16.

• 6.6 mg/kg PO for ascarids and nodular worms in pot-
bellied pigs18.

Primates

Prosimians:
• Pamoate formulation at 5–10 mg/kg PO for 3 days for

nematodes19.
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Lemurs:
• Pamoate formulation at 6 mg/kg PO20.
• 11 mg/kg PO once for hookworms (Necator spp.) and

pinworms21.
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Pyrimethamine

Activity: Used to treat toxoplasmosis. Often used in com-
bination with sulfonamides.

MOA: Folic acid antagonist that inhibits the enzyme
dihydrofolate reductase.

Dogs

• 0.5–1 mg/kg PO once daily for two days, then 0.25
mg/kg PO once daily for 2 weeks for toxoplasmosis.
Give with sulfadiazine at 30–50 mg/kg PO divided bid-
qid for 1–2 weeks1.

• 0.25–0.5 mg/kg once daily for 28 days for toxo-
plasmosis2.

• 1 mg/kg once daily for 28 days for Neospora. Give with
trimethoprim sulfa2.

• 0.25–0.5 mg/kg once daily for 2–4 weeks for Hepatozoon
canis. Give with trimethoprim sulfa and clindamycin2.

Birds

Most species:
• 0.5 mg/kg PO q12h for 14–28 days or 100 mg/kg feed3.
• 0.5–1.0 mg/kg PO q12h for 2–4 days, then 0.25 mg/kg

PO q12h for 30 days for Sarcocystis. Give with trimetho-
prim sulfa at 5 mg/kg IM q12h or 30–100 mg/kg PO
q12h for 7 days4.

Psittacines (keas):
• 0.5 mg/kg PO q12h for 45 days for Sarcocystis. Give

with amprolium and primaquine5.

Game birds:
• 1 mg/kg of feed6.

Raptors:
• 0.25–0.5 mg/kg PO q12h for 30 days7.

Waterfowl:
• 0.5 mg/kg PO q12h for 30 days for Sarcocystis8.
• 0.25–0.5 mg/kg PO q12h for 30 days7.

Eclectus and amazon parrots:
• 0.5–1.0 mg/kg PO q12h for 30 days9.
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Primates

• 10 mg/kg q24h for Plasmodium10.

Great apes:
• 2.0 mg/kg q24h for 3 days then 1.0 mg/kg q 24h for

28 days for Toxoplasma. Maximum dosages of 100 mg/
animal q24h for days 1–3 and 25 mg/animal q24h for
28 days. Treat concurrently with sulfadiazine and sup-
plement with folic acid11,12.
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Quinacrine

Activity: Primarily used against Giardia, Trichomonas, and
Leishmania.

MOA: Not completely understood. Against Giardia it
binds to DNA by intercalation to adjacent base pair,
inhibiting RNA transcription and translocation. Interferes
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with electron transport. Inhibits succinate oxidation and
cholinesterase.

Dogs

• 6.6 mg/kg PO q12h for 5 days1,2.
• 50–100 mg per dog PO q12h for 3 days, skip 3 days,

then repeat for 3 more days3.

Cats

• 11 mg/kg PO once daily for 5 days1.
• 6.6 mg/kg PO twice daily for 5 days4.
• 10 mg/kg PO once daily for 5 days for coccidiosis3.

Rodents

• 75 mg/kg q8h5.

Chinchillas

• 75 mg/kg q8h for giardiasis5.

Reptiles

Most species:
• 19–100 mg/kg PO q48h for 14–21 days for some

hematozoa6.

Birds

Most species:
• 7.5 mg/kg PO q24h for 10 days for Atoxoplasma7.
• 5–10 mg/kg PO q24h for 7–10 days; use higher doses

for Lankesterella and Plasmodium7,8.

Pigeons:
• 26–79 mg/L of drinking water for 10–21 days9.

Primates

Great apes:
• 2 mg/kg PO q8h for 7 days for Giardia; maximum dose

of 300 mg/day10.
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Selamectin

Activity: Control and prevention of flea infestation by
Ctenocephalides felis in dogs and cats (Package Insert;
Revolution®—Pfizer). Prevention of heartworm disease by
Dirofilaria immitis in dogs and cats (Package Insert; Revolu-
tion®—Pfizer). Treatment and control of ear mite infesta-
tion by Otodectes cynotis in dogs and cats (Package Insert;
Revolution®—Pfizer). Treatment and control of sarcoptic
mange by Sarcoptes scabiei in dogs only (Package Insert; Rev-
olution®—Pfizer). Control of the American Dog Tick,
Dermacentor variabilis, in dogs only (Package Insert; Revo-
lution®—Pfizer). Treatment and control of the roundworm
Toxocara cati and the hookworm Ancylostoma tubaeforme in
cats only (Package Insert; Revolution®—Pfizer).

MOA: Believed to enhance chloride permeability and
the release of gamma-aminobutyric acid (GABA) at pre-
synaptic neurons. Thus, it causes parasite paralysis.

Dogs

• The recommended dose of selamectin is 2.7 mg/lb or
6 mg/kg of body weight for dogs 6 weeks of age and
older, administered topically (Package Insert; Revolu-
tion®—Pfizer). See package insert for further details on
how to apply Revolution topically.

For dogs up to 5 lbs:
• 15 mg per tube; 0.25 ml administered volume (Package

Insert; Revolution®—Pfizer).

For dogs 5.1–10 lbs:
• 30 mg per tube; 0.25 administered volume (Package

Insert; Revolution®—Pfizer).

For dogs 10.1–20 lbs:
• 60 mg per tube; 0.5 administered volume (Package

Insert; Revolution®—Pfizer).
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For dogs 20.1–40 lbs:
• 120 mg per tube; 1.0 administered volume (Package

Insert; Revolution®—Pfizer).

for dogs 40.1–85 lbs:
• 240 mg per tube; 2.0 administered volume (Package

Insert; Revolution®—Pfizer).

For dogs 85.1–130 lbs:
• Use two tubes (120 mg per tube + 240 mg per tube); 3.0

administered volume (Package Insert; Revolution®—
Pfizer).

Cats

• The recommended dose of selamectin is 2.7 mg/lb or 6
mg/kg of body weight for cats 8 weeks of age and older
(Package Insert; Revolution®—Pfizer).

For cats up to 5 lbs:
• 15 mg per tube; 0.25 ml administered volume (Package

Insert; Revolution®—Pfizer).

For cats 5.1–15 lbs:
• 45 mg per tube; 0.75 administered volume (Package

Insert; Revolution®—Pfizer).

Rabbits

• Revolution topically at 6–10 mg/kg1.

Guinea Pigs

• 6 mg/kg topically1.
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Sodium Chloride

Activity: Used in freshwater fish for the treatment of pro-
tozoan and trematode ectoparasites and in amphibians for
the treatment of ectoparasitic protozoa.

MOA: Lowers energy expenditure and increases slime
coat production, resulting in sloughing of parasites.

Amphibians

For ectoparasites:
• 4–6 g/L bath1.
• 6 g/L for 5–10 min. bath every 24h for 3–5 days2.
• 25 g/L for 10 min. or less bath3.
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Fish

• Artificial sea salts preferred, sea water is normally 30–35
g/L.

• Species sensitivity is highly variable (catfish).
• Toxic to some plants.

For ectoparasites:
• 1–5 g/L tank water indefinitely4.
• 10–30 g/L for up to 30 min. bath; use low dose for salt-

sensitive fish4.
• 30 g/L for 10 min.; for fish over 100 g only5.
• 30–35 g/L for 4–5 min. bath; safe for most goldfish and

koi6.
• 0.5–1% in water for an indefinite period; 3% in water for

30 sec. to 10 min. (dip); 1% for 10 min. to 2 hr. (dip)7.
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Thiabendazole

Activity: An anthelmintic that also has antifungal activity.
In sheep and goats it is labeled for the removal of
Haemonchus spp., Ostertagia spp., Trichostrongylus spp.,
Nematodirus spp., Cooperia spp., Chabertia spp., Bunosto-
mum spp., and Oesophagostomum spp. In swine it is labeled
for the prevention of large roundworms (Ascaris suum) and
in baby pigs it is labeled for the removal of Strongyloides
ransomi. In dogs it has been used for the removal of Toxo-
cara canis, Toxascaris leonina, Strongyloides stercoralis, and
Filaroides. It is also used to treat nasal aspergillosis and
penicillinosis.

MOA: Thiabendazole yields benzimidazoles after bio-
transformation. The mechanism of action is not clearly
understood. Benzimidazoles seem to interfere with micro-
tubular function and inhibit the helminth-specific
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mitochondrial fumarate reductase system. Thiabendazole
may perform both of these actions. The rumen acts as a
slow release site. It may be more effective in ruminants
than other species.

Dogs

• 50–60 mg/kg PO for treatment of Strongyloides sterco-
ralis1.

• 35 mg/kg PO twice daily for 5 days, then 70 mg/kg PO
twice daily for 21 days for Filaroides. Also, give 0.55
mg/kg PO of prednisone twice daily every other day2.

Rats, Mice, Gerbils, Hamsters, and Guinea Pigs

• 100 mg/kg PO q24h for 5 days3.

Rabbits

• 25–50 mg/kg PO4.
• 50 mg/kg PO once5.
• 50–100 mg/kg PO q24h for 5 days3.
• 50–100 mg/kg PO for 5 days for pinworms6.
• 50 mg/kg PO; repeat in 3 weeks for pinworms6.

Chinchillas

• 50–100 mg/kg PO q24h for 5 days7.

Amphibians

• 50–100 mg/kg PO; repeat in 2 weeks as needed for gas-
trointestinal nematodes8.

• 100 mg/L of bath water; repeat in 2 weeks for ver-
minous dermatitis9.

Reptiles

• 50–100 mg/kg PO; repeat in 14 days for
nematodes10,11.

Fish

• 10–25 mg/kg in feed; repeat in 10 days or 66 mg/kg PO
once for gastric nematodes. Anorexia may be seen at the
high dose, which usually resolves in 2–4 days12.

Birds

Most species:
• 40–100 mg/kg PO q24h for 7 days or 100–500 mg/kg

PO once13.
• 250–500 mg/kg PO once; repeat in 10–14 days for

ascarids14.
• 100 mg/kg PO once daily for 7–10 days for Syngamus

trachea14.
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• 100 mg/kg PO q24h for 7–10 days for gapeworms and
ascarids15,16.

• 250–500 mg/kg PO; repeat in 10–14 days for ascarids
and Syngamus16,17.

Chickens, pheasants, turkeys, and pigeons:
• Mix 0.5% in feed for 10 days or administer orally at 44

mg/kg as a single dose for ascarids, gapeworms, and
Capillaria18.

Psittacines:
• 44 mg/kg PO; do not exceed this dose for ascarids, gape-

worms, and Capillaria18.

Falcons:
• 100 mg/kg PO once for ascarids, gapeworms, and Cap-

illaria18.

Raptors:
• 100 mg/kg PO once; repeat in 10–14 days19.
• 250 mg/lb for thorny headed worms18.

Waterfowl:
• 250 mg/lb for thorny headed worms18.

Sheep and Goats

For sheep:
• 50–100 mg/kg PO20.

For goats:
• 44 mg/kg PO or 66 mg/kg PO for severe infections21.

Swine

• For baby pigs give 62–83 mg/kg PO for Strongyloides
ransomi, retreat in 5–7 days if necessary. For Ascaris
suum prevention feed at 0.05–0.1% per ton of feed for 2
weeks, then 0.005–0.02% per ton for 8–14 weeks21.

• 75 mg/kg PO22.
• 50 mg/kg PO20.

Primates

• 50 mg/kg PO q24h for 2 days for Strongyloides and
hookworms (Necator spp.)23.

• 75–100 mg/kg PO; repeat in 21 days24.
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Trichlorfon (dimethyl phosphonate)

Activity: For the treatment of oviparous monogeneans in
freshwater and marine fish. Also for the treatment of
ectoparasites in crustaceans. Trichlorfon is neurotoxic;
avoid inhalation and skin contact.

MOA: Trichlorfon is an organophosphate which
inhibits acetylcholinesterase in susceptible parasites, result-
ing in inhibition of neuromuscular transmission.

Fish

For freshwater fish:
• 0.25 mg/L tank water
• Use 0.5 mg/L tank water if > 27°C (80°F) and treat q3d

for 2 treatments for Dactylogyrus and other oviparous
monogeneans.

• Treat q7d for 4 treatments for anchor worms; single
treatments are adequate for copepods, other monoge-
neans, Argulus, and leeches1.

For marine fish:
• 0.5–1.0 mg/L tank water.
• Treat q3d for 2 treatments for oviparous monogeneans;

use 1 mg/L q48h for 3 treatments for turbellarians;
single treatments are adequate for copepods (except sea
lice), other monogeneans, Argulus, and leeches1.

For Crustacean ectoparasites:
• 0.5 mg/L tank water q10d for 3 treatments2.

REFERENCES
1. Noga, E.J. (2000) Fish Disease: Diagnosis and Treatment. Iowa State Uni-

versity Press, Ames, IA.
2. Lewbart, G.A. (1998) Emergency and critical care of fish. Vet. Clin. N.

Am: Exotic Anim. Pract. 1, 233–249.
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Adhesive disk: The ventral sucking disk of Giardia
species. It attaches the parasite to the intestinal surface.

Amastigote: Developmental stage found in some
flagellate parasites including Leishmania and Trypanosoma
cruzi. Amastigotes are spherical and contain a nucleus, a
kinetoplast, and rudimentary internal flagella. Amastigotes
are in the intermediate host.

Ametabolous: Undergoing slight or no meta-
morphosis.

Anamorphosis: Arthropod development in which
segments are added to the body after each molt, gradually
transforming the young into an adult.

Anchoring disk: Present in the anterior end of spores
of microsporidia. The anchoring disk is used to stabilize
the polar tube.

Anterior station (salivarian) development: Devel-
opment of protozoan parasites in the anterior portion of
the insect digestive tract.

Apical complex: Present in apicomplexan parasites
(Coccidia), it is an anterior complex composed of polar
rings, a conoid, rhoptries, micronemes, dense granules,
and subpellicular microtubules. It is involved in host cell
penetration.

Apterous: Having no wings.
Axostyle: A tube-like structure in some flagellated

protozoans that extends from the area of the blepharoplast
to the posterior end, from which it may protrude.

Binary fission: Asexual division that produces two
similar organisms.

Blepharoplast: A cytoplasmic mass of chromatin
located at the base of the flagellum.

Bradyzoite: A slowly dividing stage of Toxoplasma,
Neospora, or Sarcocystis parasites that is found in tissue
cysts.

Chitin: High-molecular-weight polymer of N-acetyl
glucosamine. Makes up the bulk of the arthropod
procuticle.

Coelom: Body cavity lined by cells from the embry-
onic mesoderm; much reduced in arthropods.

Conoid: Present in most apicomplexan parasites, it is
a hollow truncated cone composed of spirally arranged
microfibrillar elements. It is part of the apical complex.

Coprozoic: Living in feces.
Ctenidium: A row of stout, peg-like spines on the

head or first tergite of many fleas.
Cyst: Infective stage of protozoan parasites that are

found in the environment. A cyst encloses infective stages.
There are many types of cysts.

Dense granules: Special organelles found in apicom-
plexan parasites. They are involved predominantly in mod-
ifying the host cell after invasion.

Dioecious: Separate sexes; males and females are sepa-
rate individuals.

Ecdysis: Molting of rigid portions of the arthropod
cuticle, thereby allowing for growth of the arthropod body
before the newly secreted cuticle hardens.

Endodyogeny: Specialized type of binary fission that
produces daughter cells.

Endopodite: The medial branch of a biramous
appendage of an arthropod.

Enteroepithelial cycle: The intestinal developmental
cycle of T. gondii in cat enterocytes that results in the

GLOSSARY
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production of sexual stages and oocysts. The enteroepithe-
lial cycle is initiated only by bradyzoites.

Epicuticle: Thinner outer layer of the arthropod cuti-
cle. Primarily made up of sclerotized proteins.

Excystation: The process by which infective stages are
released from the cyst.

Exopodite: The lateral branch of a biramous
appendage of an arthropod.

Gamont: A sexual stage. A macrogamont is a female
sexual stage. A microgamont is a male sexual stage.

Haustellum: A portion of the proboscis adapted as a
sucking organ.

Hemimetabolous: Metamorphosis involving a larva
(in this case called a nymph) and adult.

Hemocoel: Main body cavity of arthropods between
organs and through which the blood, lymph, and intersti-
tial fluid (hemolymph) circulate.

Hemolymph: Blood, lymph, and interstitial fluid;
circulates in the hemocoel of arthropods.

Histozoic: Living within the tissues of a host.
Holometabolous: Metamorphosis involving a larva,

pupa, and adult.
Holotrichous: Possessing cilia over the entire surface.
Intralecithal cleavage: Nuclei undergo multiple divi-

sions within the yolk mass without concurrent cytokinesis.
Kala-azar: Disease caused by Leishmania donovani,

visceral leishmaniasis.
Karyokinesis: Nuclear division.
Kinetoplast: Darkly staining structure found in

Leishmania, Trypanosoma, and other kinetoplastid flagel-
lates. It represents a specialized portion of the mitochon-
drion that contains a high concentration of mtDNA.

Kinetosomes: Basal granules making up the
blepharoplast.

Macrogamont: A uninucleate female gamete (ovum,
egg). After fertilization a macrogamont produces an oocyst
wall and becomes an oocyst.

Macronuleus: A large darkly staining nucleus found in
ciliates. The macronuleus regulates metabolism of the ciliate.

Malpighian tubules: A series of excretory ducts lead-
ing from the posterior portion of the alimentary canal of
arthropods.

Median bodies: Dark-staining structures located in
Giardia trophozoites and cysts.

Meront (Coccidia): See schizont.
Meront (Microsporidia): Major proliferative stage of

microsporidia life cycle. Undergoes several rounds of divi-
sion by binary fission or multiple fission (schizogony).

Merozoite: A uninucleate motile asexual stage of
Apicomplexan parasites. Merozoites are produced by
schizonts.

Mesothorax: The middle of three divisions of the
thorax of an insect; bears the middle pair of legs and first
pair (or only functional pair) of wings.

Metamere: Also referred to as a “somite.” One of the
body segments of an arthropod. Each metamere contains
identical or similar representatives of specific organ systems.

Metathorax: The posterior of three divisions of the
thorax of an insect; bears the third pair of legs and second
pair of wings.

Microgamete: A biflagellated sexual stage (sperm)
that is actively motile and fertilizes a macrogamont.

Microgamont: A male sexual stage that undergoes
multiple karyokinesis and produces biflagellated microga-
metes that are actively motile and fertilize the macroga-
monts.

Micronemes: Special organelles found in apicom-
plexan parasites. They are osmiophilic, electron-dense,
rod-like bodies that are most numerous in the anterior
one-half of the parasite. They are involved in host cell
attachment by invasive stages.

Micronucleus: A small nucleus found in ciliates. It is
primarily involved in sexual recombination and genetics of
ciliates.

Oocyst: Stage of apicomplexan parasites that produces
sporozoites. Oocysts of coccidial parasites are excreted in the
feces and usually must sporulate in the environment.

Opisthaptor: The posterior attachment organ of the
monogenetic trematodes.

Parabasal body: A cytoplasmic body (Golgi appara-
tus) closely associated with the kinetoplast.

Patent period: The length of time that parasite cysts
or ova are excreted by an infected host.

Parasitophorous vacuole: A host-cell-derived vac-
uole in which stages of parasites live inside of host cells.

Pelta: A small “shield-like” structure in the anterior of
the flagellate trophozoite that overlaps the capitulum of
the axostyle.

Peritrichous: Having a band of cilia around the
mouth.

Plasmodia: A mass of cells formed by the aggregation
of many amoeboid cells.

Pleurite: Lateral sclerite of a metamere on the side of
an arthropod.

Polar tube: Organelle unique to microsporidian
spores; used to infect new host cells. The polar tube is
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extruded and penetrates a new host cell, allowing sporo-
plasm to pass through.

Polaroplast: A lamellar organelle in the anterior end
of spores of members of the Phylum Microspora. This
organelle is unique to microsporidian spores and may act
like a Golgi apparatus.

Posterior station (stercorarian) development:
Development of protozoan parasites in the posterior por-
tion of the insect digestive tract.

Prepatent period: The length of time it takes from
inoculation of parasite stages into the host until new para-
site stages are excreted by the host.

Procuticle: Thicker layer beneath the arthropod epi-
cuticle; provides rigidity. Primarily made up of chitin.

Prohaptor: A structure at the anterior end of mono-
genetic trematodes; composed of adhesive and feeding
organs.

Promastigote: The insect stage of Leishmania species.
It is elongate and contains a nucleus, kinetoplast, and
flagellum.

Refractile bodies: Special organelles found in api-
complexan parasites. They are osmiophilic, electron-dense,
homogenous structures, and are present in the sporozoites
of many Eimeria species.

Romana’s sign: Swollen, reddened eye caused by
inflammation due to rubbing infective T. cruzi trypo-
mastigotes into the eye.

Rhoptries: Special organelles found in apicomplexan
parasites. They are osmiophilic, electron-dense, club-
shaped structures that originate in the conoidal end of
sporozoites and merozoites. Rhoptry proteins are involved
in parasitophorous vacuole formation.

Sarcocyst: A muscle cyst of Sarcocystis species.
Schizont: An asexual stage that is multinucleate.
Schizocoely: Development of the coelom from a split

in the mesoderm.
Schizogony: The process of merozoite formation in

coccidial parasites.
Sclerites: Inflexible plates or sections of arthropod

cuticle bound by suture lines or flexible, membranous por-
tions of cuticle.

Spore: Infective stage of microsporidia passed in urine
or feces. Spores are immediately infective and environmen-
tally resistant.

Sporoblast (Coccidia): During sporogony,
sporoblast produces sporocysts that contain sporozoites.

Sporoblast (Microsporidia): Stage of microsporid-
ian life cycle that synthesizes spore organelles to create
mature infective spores.

Sporogony (Coccidia): Development of the unsporu-
lated noninfectious oocyst into the sporulated infectious
oocyst. Sporogony usually occurs in the environment.

Sporogony (Microsporidia): Production of infective
spores by sporoblasts.

Sporont (Coccidia): Central cell in unsporulated
oocysts. A sporont produces sporoblasts.

Sporont (Microsporidia): Intermediate stage of the
microsporidian life cycle. May divide by binary fission, or
may immediately convert to sporoblast.

Sporoplasm: Contents of the mature microsporidial
spore that are passed into a new host cell.

Sporocyst: A sporocyst encloses sporozoites. A sporo-
cyst is usually enclosed inside an oocyst.

Sporozoite: Infective asexual stage that is in the
oocyst of Apicomplexan parasites.

Sternite: Main sclerite of a metamere on the ventrum
of an arthropod.

Subpellicular microtubule cytoskeleton: The
“skeleton” of many protozoa. Provides support and can be
involved in locomotion.

Synanthropic: Living in or around human dwellings.
Tachyzoite: A rapidly dividing zoite which causes tis-

sue lesions and disseminates the infection. Present during
the acute phase and relapsing phases of toxoplasmosis and
neosporosis.

Tagmata (singular “tagma”): Groups of adjacent
metameres into distinct body regions, each serving a par-
ticular function.

Tergite: Main sclerite of a metamere on the dorsum
of an arthropod.

Trypomastigote: Elongate bloodstream form of the
genus Trypanosoma; also the infective stage in the insect
vector.

Wall-forming bodies: Specialized structures found in
the macrogamonts of coccidial parasites. They are
eosinophilic in hematoxylin and eosin sections. Wall-form-
ing bodies produce the environmentally resistant oocyst wall.

Xenoma: A symbiotic structure composed of hyper-
trophied host cells and intracellular parasites, such as
microsporidia.

Zoite: A collective term for infective stages of apicom-
plexan parasites.
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A
Acanthocephala, 48, 150–151, 193, 346–348, 545–546,

628–629, 715–716
Acanthocephalus ranae, 150–151
Acari, 56–57
Acarus farinae, 672–673
adhesive disks, 785
Aedes, 65, 256–257, 665
Aelurostrongylus abstrusus, 593–595, 760, 763
air sac mite, 268–269
albendazole, 745–746
Alloglugea bufonis, 125
amastigote, 785
Ambloyomma americanum, 266–267
Amblyomma, 266–267
Amblyomma americanum, 58
Amblyomma dissimile, 195
Amblyomma tuberculatum, 194
American dog tick, 550
Amidostomum anseris, 246–247
Amidostomum skrjabini, 247
aminonitrothiazole, 223
amitraz, 747
amoebae, 18–19, 123–124

life cycles, 19
locomotion, 19
organelles, 18–19

Amoebotaenia cuneata, 234
amphibians, parasites of

acanthocephalans, 150–151, 161
amoebae, 123–124, 155–156
arthropods, 151–153

Argulus, 151–152
Bufolucilia, 152

Hannemania, 152–153
cestodes, 159, 164

Bothriocephalus rarus, 142–143
Cephalochlamus namaquensis, 143
Nematotaenia dispar, 143–144

ciliates, 156, 162, 167
Balantidium, 127–128
Cepedietta, 128
Nycotheroides, 128
Opalina, 129–130
Trichodina, 129

coccidians, 124–125, 154, 156, 167
Cryptosporidum, 124
Eimeria, 124
Erythrocyctic coccidia, 124–125
Isospora, 124

crustaceans, 166
enteric flagellates, 120–123
flagellates, 154, 155, 162

Hexamastix, 120
Hexamita, 120–121
Karotomorpha, 121
Monocercomonas, 120
Piscinoodinium, 122
Proteromonas, 122
Tetratrichomonas, 122–123
Trichomitus, 122–123
Tritrichomonas, 122–123
Tryponosoma, 118–120

flies, 165
hemoflagellates, 118–120
leeches, 145, 154, 164
microsporidians, 125–126, 156, 162, 167
mites, 170

INDEX
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amphibians, parasites of (continued )
mollusks, 153, 165–166
myxozoans, 126–127, 162
nematodes, 145–150, 160–161, 164, 169–170

Aplectana, 146–147
Cosmocerca, 147
Cosmocercoides, 147
Falcaustra, 148
Foleyella, 149–150
Icosiella, 150
Oswaldocruzia, 148–149
Oxysomatium, 147–148
Rhabdias, 146

in organ systems, 154–170
circulatory/lymphatic system, 154
enterohepatic system, 155–161
musculoskeletal system, 162–166
nervous system, 167–170
respiratory system, 167–170
skin and connective tissue, 162–166
urogenital system, 167–170

prostigmates, 165
Spiruroidea, 161
ticks, 165–166
trematodes, 130–141, 157–159, 162–164, 167–169

Brachycoelium salamandrae, 133–134
Diplostomulum scheuringi, 140–141
Diplostomulum xenopi, 141
Displodiscus, 134–135
Dolichosaccus rastelus, 135
Glypthelmins, 135–136
Gorgodera, 136
Gorgoderina, 137
Gyrodactylus, 130–132
Haematoloechus, 137
Halipegus, 137–138
Haplometra cylindracea, 138–139
Megalodiscus, 139
Neascus, 142
Ophisthioglyphe ranae, 139
Pleurogenes, 139–140
Polystoma, 130–133
Prosotocus confuses, 140
Sphyranura, 133

amprolium, 748–749
Amyloodinium ocellatum, 71–73
anamorphosis, 785
Anatrichosoma cutaneum, 714
anchor worms, 92–93
anchoring disk, 785
Ancylostoma braziliense, 45–46, 591–592
Ancylostoma caninum, 532–535, 770
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Ancylostoma tubaeforme, 592–593, 770
Ancylostomatidae, 655–656
Ancylostomatoidea, 45
Angiostrongylus , 344
Angiostrongylus cantonensis, 342–343, 343–344
Annelida, 33
Anopheles, 65, 256–257, 665
Anoplocephalidae, 464–466
Anoplura, 62–63, 667
anterior station development, 785
antibody diagnostics, 11
antigen diagnostics, 11
antiparasite agents, 783
apical complex, 785
Apicomplexa, 19–22, 74–76, 453–461, 501–503

Coccidia, 124–125, 179–182, 225–231, 314–327, 430–433,
513–517, 582–585, 644–648

Haemosporidia, 182–183, 231–233, 700–701
Piroplasmidia, 231, 327–328, 517–519, 585, 649–650,

699–701
apicomplexans, 22
Arachnida, 56–60, 404–406, 417, 504–505, 717–719

Argasidae (family), 194–195, 265–266, 475, 549–550,
668–669

Astigmata (suborder), 60, 268–271, 438–440, 476–480,
552, 600–602, 670–672

Ixodida (suborder), 57–59
Ixodidae (family), 195, 266–268, 475–476, 550–552,

669–670
Mesostigmata (suborder), 59–60, 195–198, 271–274,

552–553, 672
Prostigmata (suborder), 60, 152–153, 198–199, 440,

480–481, 553–555, 599–600, 672–673
Archiacanthocephala, 48
Argas, 265–266
Argas persicus, 265–266
Argasidae, 57–58, 194–195, 265–266, 475, 549–550, 

668–669
Argulus, 54–55, 91–92, 151–152
Arthrocystis galli, 225
Arthropoda, 51–68

Arachnida, 194–199, 356–369, 404–406, 417, 438–440,
475–482, 504–505, 549–555, 599–602, 668–673,
717–719

Chelicerata, 56
Crustacea, 53–56
Hexapoda, 60–68
Insecta, 194, 255–265, 349–356, 404, 417, 437–438,

472–475, 504, 546–549, 596–599, 629, 664–668,
716–717

Pentastomida, 199–200, 482, 555–556, 719
arthropods, 51–52
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branchiurans, 54–55, 151–152
classification of, 53–54
collection and preservation of, 4
copepods, 54
crustaceans, 54
development of, 53
nervous system of, 53
pentastomids, 55–56
structural features of, 52–53

Ascaridia bonasae, 240
Ascaridia columbae, 240
Ascaridia compar, 240–241
Ascaridia galli, 241–242
Ascaridia numidae, 242
Ascaridida, 45
Ascaridoidea, 45, 436–437, 466–467, 530–532, 590–591,

621–622
ascarids, 45
Ascaris suum, 621–622
Ascarops strongylina, 626
Aspiculuris tetraptera, 337–339, 414
Aspidogaster piscicola, 29
Aspidogastridae, 29
assassing bugs, 265
Astigmata, 60, 268–271, 438–440, 476–480, 552, 600–602,

670–672
Athesmia foxi, 31, 702–703
Atoxoplasma, 225
Aulonocephalus lindquisti, 244
Axostylata, 15
axostyle, 785

B
Babesia, 649, 759
Babesia canis, 517–519
Babesia gibsoni, 519
Babesia microti, 327–328
Babesia moshkovskii, 231
Babesia rodhaini, 328
babesiosis, 759
Baermann sedimentation, 8
Balantidium, 127–128, 183–184
Balantidium caviae, 433–434
Balantidium coli, 618, 701–702
Baylisascaris procyonis, 436–437, 466–467
bed bugs, 61, 264–265, 356
Bertiella studeri, 706
Besnoitia caprae, 644
Besnoitia oryctofelisi, 453
binary fission, 785
birds, parasites of, 219

amoebae, 224–225, 277
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Entamoebae anatis, 224
Entamoebae gallinarum, 224–225
Entamoebae struthionis, 225

bugs, 291–292
cestodes, 234–240, 281–282

Amoebotaenia cuneata, 234
Choanotaenia infundibulum, 234
Davainea proglotttina, 234–235
Fimbriaria fasciolaris, 235
Hymenolepis cantaniana, 235–236
Hymenolepis carioca, 236
Hymenolepis megalops, 236
Raillietina cesticillus, 236–238
Raillietina echinobothrida, 238–239
Raillietina georgiensis, 239
Raillietina tetragona, 239–240

cimicids, 264–265
coccidians, 225–231, 275, 278–280, 287–288, 295

Arthrocystis galli, 225
Atoxoplasma, 225
Cryptosporidum, 226
Cryptosporidum baileyi, 225–226
Cryptosporidum meleagrids, 225–226
Eimeria, 229
Eimeria acervulina, 226
Eimeria dispersa, 226–228
Eimeria maxima, 228
Eimeria tenella, 228–229
Isospora, 229
Sarcocystis, 230
Sarcocystis falcatula, 229
Sarcocystis horvathi, 230
Sarcocystis rileyi, 230
Toxoplasma gondii, 230
Tyzzeria parvula, 230
Tyzzeria perniciosa, 231
Wenyonella anatis, 231
Wenyonella columbae, 231

flagellates, 219–224, 275, 277
Chilmastix mastigophora, 219
Cochlosoma anatis, 219–220
Giardia psittaci, 220
Hexamita columbae, 220
Hexamita meleagridis, 220–221
Histomonas meleagridis, 221–222
Pentatrichomonas gallinarum, 222
Spironucleus, 222
Tetratrichomonas anseris, 222
Tetratrichomonas gallinarum, 222–223
Trichomonas gallinae, 223
Tritrichomonas eberthi, 223–224
Trypanosoma avium, 224
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birds, parasites of (continued )
fleas, 291

Ceratophyllus gallinae, 263
Ceratophyllus niger, 263
Echidnophaga gallinacea, 263–264

flies, 255–260, 290
calliphorids, 255
ceratopogonids, 255–256
culicids, 256–257
cuterebrids, 257
hippoboscids, 257–258
muscids, 258
sarcophagids, 258–259
simuliids, 259–690

haemosporidians, 231–233, 275–276
Haemoproteus, 231–232
Haemoproteus columbae, 231
Leucocytozoon, 232
Leucocytozoon caulleryi, 232
Plasmodium, 233
Plasmodium cathemerium, 232
Plasmodium circumflexum, 232–233

lice, 260–263, 290–291
Cuclotogaster heterographa, 260
Goniocotes gallinae, 260–261
Goniodes, 261
Lipeurus, 261–262
Menacanthus stramineus, 262
Menopon gallinae, 262
Syingophillus, 262–263

mites, 268–274, 293–294
Cytodites nudus, 268
Dermanyssus gallinae, 271–272
Knemidocoptes gallinae, 268–269
Knemidocoptes mutans, 269–270
Knemidocoptes pilae, 269–271
Laminosioptes cysticola, 270–271
Ornithonyssus bacoti, 272
Ornithonyssus bursa, 272–274
Ornithonyssus sylvirum, 272–274

nematodes, 240–245, 282–286, 288, 289
Amidostomum anseris, 246–247
Amidostomum skrjabini, 247
Ascaridia bonasae, 240
Ascaridia columbae, 240
Ascaridia compar, 240–241
Ascaridia galli, 241–242
Ascaridia numidae, 242
Aulonocephalus lindquisti, 244
Capillaria annulata, 253–254
Capillaria contorta, 254
Capillaria obsignata, 254–255
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Cheilosprirura hamulosa, 248
Cyathostoma bronchialis, 245
Cyrnea colini, 249
Dispharynx nasuta, 249
Echinura uncinata, 249–250
Epomidiostomum uncinatum, 247
Gongylonema ingluvicola, 250
Heterakis dispar, 242
Heterakis gallinarum, 242–243
Heterakis isolonche, 243–244
Oxyspirura mansoni, 250–251
Oxyspirura petrowi, 251
Pelecitus, 248
Strongyloides avium, 240
Strongyloides oswaldoi, 240
Subulura brumpti, 244, 244–245
Subulura strongylina, 244
Syngamus trachea, 245–246
Tetrameres americana, 251
Tetrameres crami, 251–252
Tetrameres fissispina, 252
Tetrameres pattersoni, 252
Trichostrongylus tenuis, 247–248

in organ systems
circulatory/lymphatic system, 275–276
enterohepatic system, 277–286
musculoskeletal system, 287
respiratory system, 288
skin and connective tissue, 289–294
urogenital system, 295

piroplasmids, 231, 275–276
reduviids, 265
ticks, 265–266, 266–268, 292

Amblyomma, 266–267
Argas, 265–266
Haemaphysalis leporispalustris, 266–267
Hyalomma, 266–267
Ixodes, 267–268
Ornithodoros, 266

trematodes, 233–234, 280, 288, 289, 295
Hypderaeum conoideum, 233
Prosthogonimus, 233–234

biting midges, 65
black flies, 66
black soil, 673
blackflies, 259–690
blackhead, 221
blepharoplast, 785
blood samples, 3–4

detection of microfilaria in, 11–13
blood-feeding flies, 64–65
blow flies, 67, 546–547
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blue louse, 667
bot flies, 67
Bothriocephalus acheilognathi, 89–91
Bothriocephalus rarus, 142–143
bottle flies, 546–547
Bovicola, 667–668
Brachycera, 64
Brachycoelium salamandrae, 133–134
bradyzoite, 785
branchiurans, 54–55, 151–152
brown dog tick, 551–552
Brugia lepori, 471–472
buffallo gnats, 259–690
Bufolucilia, 152
Bunostomum trigonocephalum, 655

C
Calicophoron, 651–652
California vole, 363
Calliphoridae, 67, 152, 255, 546–547, 664–665
Calodium hepaticum, 344, 714
Caloglyphus herlesei, 672–673
Calypstora funduli, 74–76
Camallanus microcephalus, 190–191
Camallanus trispinosus, 190–191
canker, 223
Capillaria, 344, 664, 760, 763
Capillaria aerophila, 763–764
Capillaria annulata, 253–254
Capillaria contorta, 254
Capillaria obsignata, 254–255
carnidazole, 221
Cataenotaenia pusilla, 330
Cataenotaenidae, 330
cats, parasites of, 580–610

cestodes, 588–590, 605–606
Diphyllobothrium latum, 588
Dipylidium caninum, 589
Spirometra mansoni, 588–589
Spirometra mansonoides, 588–589
Taenia taeniaformis, 589–590

coccidians, 604–605
Cryptosporidium felis, 582
Isospora felis, 582–583
Isospora rivolta, 583–584
Toxoplasma gondii, 584–585

enteric flagellates, 581–582
Giardia felis, 581
Tetratrichomonas felistomae, 581
Tritrichomonas foetus, 582

flagellates, 604, 609
fleas, 598–599, 609
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flies, 596–597, 609
cuterebrids, 596–597
psychodids, 597

hemoflagellates, 580–581
Leishmania, 580
Trypanosoma cruzi, 580–581

lice, 597–598, 609
life cycles of, 21
mites, 599–602, 610

Cheyletiella blakei, 599
Demodex cati, 599–600
Lynxacarus radovskyi, 600–601
Notoedres cati, 601
Otodectes cynotis, 601–602

nematodes, 590–596, 603, 606–607, 608, 609
Aelurostrongylus abstrusus, 593–595
Ancylostoma braziliense, 591–592
Ancylostoma tubaeforme, 592–593
Eucoleus aerophilus, 595–596
Ollulanus tricuspis, 593
Pearsonema feliscati, 596
Physaloptera, 595
Toxascaris leonina, 590
Toxocara cati, 590–591

in organ systems
circulatory/lymphatic system, 603
enterohepatic system, 604–607
musculoskeletal system, 609
nervous system, 609
respiratory system, 608
skin and connective tissue, 609–610
urogenital system, 609

piroplasmids, 585, 603
trematodes, 586–588, 605, 608

Clonorchis sinensis, 587
Opisthorchis tenuicollis, 587
Paragonimus, 587–588
Platynosomum fastosum, 586–587

Caviomonas mobilis, 422–423
Cediopsylla simplex, 474–475
centrifugal flotation, 6–7
Cepedietta, 128
Cepedietta gigantean, 128
Cepedietta michiganensis, 128
Cephalochlamus namaquensis, 143
Ceratophyllus gallinae, 263
Ceratophyllus niger, 263
Ceratopogonidae, 65, 255–256, 665
cestodes, 37–41

basic anatomy of, 37
cyclophyllidean, 38–40, 143–144, 234–240
larval, 144–145
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cestodes (continued )
models of human infection, 41
pseudophilyllidean, 38, 142–143
taxonomy, 37

Chabertia ovina, 655–656
Chagas’ disease, 62
Cheilosprirura hamulosa, 248
Chelicerata, 56
chewing lice, 62
Cheyletiella blakei, 599
Cheyletiella parasitovorax, 480–481
Cheyletiella yasguri, 553–554
chicken body louse, 262
chicken flea, 263–264
chicken head louse, 260
chicken mite, 271–272
Chilmastix mastigophora, 219
Chilodonella, 79–80
Chilomastix bettencourti, 307
Chilomastix caprae, 643
Chilomastix intestinalis, 423
Chilomastix mesnili, 695
Chilomastix wenrichi, 423
Chilomitus caviae, 423–424
Chirodiscoides caviae, 438–439
chitin, 53, 785
Choanotaenia infundibulum, 234
Chorioptes, 670–671
Chromista, 15
chrondriome, 15–16
Chrysomyia bezziana, 67
cilia, 22–23
ciliates, 22–23

life cycles, 23
locomotion, 22–23
organelles, 22

Ciliophora, 22–23, 127–130, 433–435, 618, 
701–702

Cimex lectularius, 61, 264–265, 356
Cimicidae, 61, 264–265
Cistudinomyia cistudinis, 194
Clonorchis sinensis, 587
clorsulon, 749–750
Coccidia, 124–125, 179–182, 225–231, 314–327, 430–433,

513–517, 644–648
coccidian parasites, 19–22

erythrocytic, 124–125
locomotion, 20
organelles, 20

coccidiosis, 748
Cochliomyia hominovorax, 67
Cochlosoma anatis, 219–220
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coelom, 785
Colpodella edax, 429
cone-nose bugs, 265
conoid, 785
Cooperia curticei, 656
copepods, 54
copper sulfate, 750
Cosmocerca, 147
Cosmocercidae, 146–148
Cosmocercoides, 147
Cotylophoron, 651–652
Crenosoma vulpis, 763
Cricetus cricetus, 363
Crustacea, 53–56
crustaceans, 54

branchiurans, 54–55
copepods, 54

Cryptosporidium, 17, 124, 453–454
saurophilum, 179–180
serpentis, 179–180

Cryptosporidium felis, 582–585
Cryptosporidium muris, 314–315
Cryptosporidium parvum, 315, 501–502, 502–503
Cryptosporidium wrairi, 430–431
Cryptosporidum baileyi, 225–226
Cryptosporidum canis, 513–514
Cryptosporidum meleagrids, 225–226
Cryptosporidum parvum, 644–645
ctenidium, 785
Ctenocephalides, 504, 598–599
Ctenocephalides canis, 63–64
Ctenocephalides felis, 668
Cuclotogaster heterographa, 260
Culex, 65, 256–257, 665
Culicidae, 65, 256–257, 547, 665
Culicoides, 65, 255–256, 665
Cuterebra, 67, 349–350
Cuterebridae, 257, 472–473, 596–597
Cyathodinium chagasi, 434
Cyathodinium conicum, 434
Cyathodinium cunhai, 434–435
Cyathodinium piroforme, 434–435
Cyathostoma bronchialis, 245
Cyclophyllidea, 38–40, 143–144, 234–240, 524–528,

589–590, 618, 652–653
Cyrnea colini, 249
Cystoisopora rivolta, 21
Cystoisospora, 17, 20
cysts, 16, 785
Cytauxzoon felis, 585
cythioate, 750
Cytodites nudus, 268
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D
Dactylogyridae, 87–89
Dactylogyrus, 27
Damalinia, 667–668
Dasymetra conferta, 184
Davainea proglotttina, 234–235
Davaineidae, 464–466
decoquinate, 748–749
deer flies, 66, 666–667
Demodex, 504, 672
Demodex aurati, 404–405
Demodex canis, 553–555
Demodex cati, 599–600
Demodex caviae, 440
Demodex criceti, 404–405
Demodex cricetuli, 405
Demodex cuniculi, 481
Demodex merioni, 417
Demodex musculi, 356–357
Demodex sinocricetuli, 405
demodicosis, 747, 760
dense granules, 785
Dentostomella translucida, 414–416
depluming mite, 268–269
Dermacentor, 669–670
Dermacentor andersoni, 59
Dermacentor variabilis, 550
Dermanyssus gallinae, 271–272
Dermatobia hominis, 67–68, 257
Dermatoxys hispaniensis, 468
Dermatoxys veligera, 468
Dermatoxys vlakhaasi, 468
Diaphanocephalus, 189–190
dichlorvos, 751
Dicrocoeliidae, 586–587, 650
dicrocoeliids, 31
Dicrocoelium, 650
Dictyocaulus filaria, 657
Dictyocaulus viviparus, 764
Dientamoeba fragilis, 696
diethylcarbamazine citrate, 751
Digenea, 30–33

Dicrocoeliidae, 31
Diplostomidae, 31
Echinostomatidae, 31
Fasciolidae, 31
Heterophyidae, 31–32
Opisthorchiidae, 32
Paramphistomatidae, 32
Plagiorchiidae, 32
Schistosomatidae, 33
Troglotrematidae, 33
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dimethyl phosphanate, 783–784
dimilin, 93
Dinobdella ferox, 34, 706–707
Dinoflagellata, 70–73
Dioctophyma renale, 544–546
Dioctophymatoidea, 48, 544–545
Dipetalonema gracile, 713
Dipetalonema marmosetae, 713
Dipetalonema reconditum, 539–540
Dipetalonema tamarinae, 713
Diphyllobothrium erinacei, 186
Diphyllobothrium latum, 39, 522–523, 525, 588
Diplomonadida, 307
diplostomatids, 31
Diplostomulum scheuringi, 140–141
Diplostomulum xenopi, 141
Diptera, 64–68, 349–350

Calliphoridae, 67, 152, 255, 546–547, 664–665
Ceratopogonidae, 65, 255–256, 665
Culicidae, 65, 256–257, 547, 665
Cuterebridae, 257, 472–473, 596–597
Hippoboscidae, 66, 257–258, 665
Muscidae, 66, 258, 547, 665–666
Oestridae, 67, 666
Psychodidae, 66, 547–548, 597, 666
Sarcophagidae, 67, 258–259, 548, 666
Simuliidae, 66, 666
Tabanidae, 66, 666–667

Dipylidium caninum, 40, 524–525, 527, 589, 752, 774–775
direct smear method, 4–5, 11
Dirofilaria immitis, 47, 503–504, 540–541, 767, 770
Dirofilaria scapiceps, 472
Dirofilaria uniformis, 472
Dispharynx nasuta, 249
Displodiscus, 134–135
dogs, parasites of, 494

acanthocephalans, 545–546
cestodes, 522–528, 561, 566

Diphyllobothrium latum, 522–523, 525
Dipylidium caninum, 524–525, 527
Echinococcus granulosus, 525–526, 528
Spirometra, 523–524
Taenia pisiformis, 526–527, 529
Taenia serialis, 527–528

coccidians, 513–517, 557, 559, 566
Cryptosporidum canis, 513–514
Hammondia heydorni, 514
Hepatozoon americanum, 514–515
Hepatozoon canis, 515
Isospora, 516
Isospora canis, 515–516
Neospora caninum, 517
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dogs, parasites of (continued )
enteric flagellates, 512–513

Giardia canis, 512–513
Pentatrichomonas hominis, 512–513

flagellates, 557, 559, 566
flies, 546–548, 567–568

calliphorids, 546–547
culicids, 547
muscids, 547
psychodids, 547
sarcophagids, 548

hemoflagellates, 510–512
Leishmania, 510–511
Trypanosoma cruzi, 511–512

leeches, 528–529, 564
lice, 548–549, 568

Linognathus setosus, 548
Trichodectes canis, 548–549

life cycles of, 23–24
mites, 552–555, 564–565, 569

Cheyletiella yasguri, 553–554
Demodex canis, 553–555
Pneumonyssoides caninum, 552–553
Sarcoptes scabiei, 552

nematodes, 529–545, 558, 562–563, 564, 566–567
Ancylostoma caninum, 532–535
Dioctophyma renale, 544–546
Dipetalonema reconditum, 539–540
Dirofilaria immitis, 540–541
Eucoleus aerophilus, 541–543
Eucoleus boehmi, 543
Filaroidea osleri, 536–538
Filaroides hirthi, 535–536
Pearsonema plica, 543–544
Rhabditis strongyloides, 529–530
Spirocerca lupi, 537–539
Strongyloides stercoralis, 530–531
Toxascaris leonina, 530–531
Toxocara canis, 531–532
Trichuris vulpis, 544–545
Uncinaria stenocephala, 535

in organ systems
circulatory/lymphatic system, 557–558
enterohepatic system, 559–563
musculoskeletal system, 566
nervous system, 566
respiratory system, 564–565
skin and connective tissue, 566–569
urogenital system, 567

pentastomids, 555–556, 564–565
piroplasmids, 517–519, 557

Babesia canis, 517–519
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Babesia gibsoni, 519
ticks, 549–552, 568

Ambloyomma americanum, 550
Dermacentor variabilis, 550
Ixodes, 550–551
Otobius megnini, 549–550
Rhipicephalus sanguineus, 551–552

trematodes, 519–522, 557–558, 559–560, 564
Heterobilharzia americanum, 520
Nanophyetus salmincola, 520–521
Opisthorchis tenuicollis, 519–520
Paragonimus, 521–523

Dolichosaccus rastelus, 135
Drancunculoidea, 48

E
ecdysis, 785
ecdysone, 53
Echidnophaga gallinacea, 263–264
Echinococcus granulosus, 41, 525–526, 528, 652, 774–775
Echinococcus multilocularis, 41
echinostomatids, 31
Echinura uncinata, 249–250
ectoplasm, 18
Eimeria, 17, 20, 124, 180–181, 229, 319, 457–459, 502–503
Eimeria acervulina, 226
Eimeria caviae, 431–432
Eimeria dispersa, 226–228
Eimeria falciformis, 315–317
Eimeria maxima, 228
Eimeria miyairii, 317
Eimeria nieschulzi, 317–318
Eimeria pragensis, 319
Eimeria separata, 319
Eimeria stiedae, 454–457
Eimeria tenella, 228–229
emamectin, 93
Encephalitozoon cuniculi, 23–24, 329–330, 401, 435, 461–463,

463
Encephalitozoon intestinalis, 21
endodyogeny, 785
Endolimax caviae, 429–430
Endolimax nana, 696
endoplasm, 18
endopodite, 785
endosome, 19
Enoplida, 48
Entamoeba chattoni, 696–699
Entamoeba coli, 698
Entamoeba dispar, 698
Entamoeba gingivalis, 698
Entamoeba hartmanni, 698
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Entamoeba histolytica, 698–699
Entamoebae, 19
Entamoebae anatis, 224
Entamoebae caviae, 430
Entamoebae cuniculi, 453
Entamoebae gallinarum, 224–225
Entamoebae histolytica, 19
Entamoebae invadens, 178–179
Entamoebae muris, 314
Entamoebae ranarum, 123–124
Entamoebae struthionis, 225
Enterobius vermicularis, 709–710
enteroepithelial cycle, 785–786
Enteromonas, 452
Enteromonas caviae, 424
Enteromonas hominis, 695
Enterophyta elongata, 435
Entonyssus, 195
Entonyssus colubri, 198–199
Entophionyssus, 195
Entophionyssus glasmacheri, 198–199
Entopolypoides macaci, 699–700
epicuticle, 786
Epomidiostomum uncinatum, 247
epsiprantel, 752
Erythrocyctic coccidia, 124–125
erythrocytic coccidian, 124–125
Eucoleus aerophilus, 541–543, 595–596
Eucoleus boehmi, 543, 760
Euglenozoa, 15, 73–74
European chicken flea, 263
European hamster, 363
Eutrombicula, 153, 198–199
excystation, 21, 786
exopodite, 786
exoskeleton, 53

F
face louse, 667
Falcaustra, 148, 188–189
Fannia, 258
Fasciola gigantica, 650
Fasciola hepatica, 463, 650–651
Fasciolidae, 650–651
fasciolids, 31
fecal samples

collection of, 2
examination techniques, 4–13

antigen diagnostics, 11
concentration methods, 5–10

Baermann sedimentation, 8
centrifugal flotation, 6–7
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formalin-ethyl acetate sedimentation, 9–10
gravity sedimentation, 8–9
passive flotation, 5–6

direct smear method, 4–5
fluorescent antibody diagnostics, 11
stains, 10–11

microscopy techniques, 13
preservation of, 2–3

Felicola subrostratus, 597–598
fenbendazole, 753–755
fenthion, 756–757
ferrets, parasites of, 501–507

apicomplexans, 501–503
Cryptosporidium parvum, 501–502
Eimeria, 502–503
Isospora, 502–503
Toxoplasma gondii, 503

arthropods, 504–505
Ctenocephalides, 504
Demodex, 504
Otodectes cynotis, 504–505
Sarcoptes scabiei, 505

cestodes, 506
coccidians, 506
flagellates, 506
fleas, 507
flies, 507
mites, 507
nematodes, 503–504, 506–507
ticks, 507

Filaroidea, 47, 149–150, 192–193, 252–253, 344, 471–472,
539–541, 713–714

Filaroidea osleri, 536–538
Filaroides hirthi, 535–536
Filaroides osleri, 760
filth flies, 66
Fimbriaria fasciolaris, 235
fipronil, 757
fishes, parasites of, 34, 69–70

acanthocephalans, 98–99
amoebae, 95
apicomplexans, 94
arthropods

Argulus, 91–92
Lernaea cyprinacea, 92–93

cestodes, 97, 101–102, 107
Bothriocephalus acheilognathi, 89–90
Schistocephalus solidus, 89–91

choanoflagellates, 104–105
ciliates

Chilodonella, 79–80
Ichthyophthirius multifiliis, 76–78

34442 Index_789-814 r1bt.qxd  3/27/07  7:16 PM  Page 797



fishes, parasites of (continued )
Trichodina, 78–79
Trichodinella, 78–79
Tripartiella, 78–79

coccidians, 95
Calypstora funduli, 74–76
Goussia carpelli, 74–76

crustaceans, 108
flagellates, 94, 95, 103

Amyloodinium ocellatum, 71–73
Ichthyobodo necator, 73–74
Piscinoodinium plliulare, 71–73

microsporidians, 104
Glugea anomala, 80–84
Loma salmonae, 80–84
Psedoloma neurophilia, 80–84

mollusks, 108
myxozoans, 94, 95, 100, 103–104, 109

Henneguya salminicola, 84–87
Hofferellus, 84–87
Myxidium, 84–87
Myxobolus cerebralis, 84–87
Sphaerospora, 84–87
Tetracapsuloides bryosalmonae, 84–87

nematodes, 90–91, 98, 107–108
in organ systems, 95–108

circulatory lymphatic system, 94
enterohepatic system, 95–98
musculoskeletal system, 99–101
nervous system, 102
respiratory system, 103–108
skin and connective tissue, 103–108
urogenital system, 103–108

prevention strategies, 70
trematodes, 87–89, 94, 96–97, 100–101, 102, 105–106, 109

fixatives, 2–3
flagella, 18
flagellates, 15–18

life cycles, 18
locomotion, 18
organelles, 15–17

fleas, 63–64
flesh flies, 67, 666
flesh mite, 270–271
flour beetle, 330
fluff louse, 260–261
fluorescent antibody diagnostics, 11
Foleyella, 149–150, 192–193
foot louse, 667
forage mites, 672–673
formalin, 2, 757–758
formalin-ethyl acetate sedimentation, 9–10
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fowl cyst mite, 270–271
fowl ticks, 265–266
Frenkelia, 319–320
fumagillin, 87
furazolidone, 758

G
gamonts, 21, 786
Gastrodiscoides hominis, 32, 703
gerbils, parasites of, 413–419

arthropods, 417, 418
Demodex merioni, 417
Liponyssoides sanguineus, 417
Nosopsyllus laeviceps kuzenkovi, 417
Tyrophagus castellani, 417

cestodes, 413–414, 418
flagellates, 418
mites, 418
nematodes, 414–417, 418

Aspiculuris tetraptera, 414
Dentostomella translucida, 414–416
Syphacia muris, 416
Syphacia obvelata, 417

prostigmatids, 419
protozoa, 413

Giardia, 178
Giardia canis, 512–513
Giardia duodenalis, 424–425, 452, 452–453, 643–644
Giardia felis, 581
Giardia lamblia, 695–696
Giardia murdis, 307–308, 308–309
Giardia muris, 399–400
Giardia psittaci, 220
Gliricola porcelli, 438
Globocephalus urosubulatus, 623
Glugea anomala, 80–84
Glypthelmins pennsylvaniensis, 135–136
Gnathobdellidae, 34
goat sucking louse, 667
goats, parasites of, 642

amoebae, 676
cestodes, 652–653, 677–678, 681

Echinococcus granulosus, 652
Moniezia expansa, 652
Taenia hydatigena, 652–653
Taenia multiceps, 652–653
Thysanosoma actinioides, 653

ciliates, 676
coccidians, 676, 680

Besnoitia caprae, 644
Cryptosporidum parvum, 644–645
Eimeria, 645–647
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Neospora caninum, 647
Sarcocystis, 647–648
Toxoplasma gondii, 648

enteric flagellates, 643–644
Chilomastix caprae, 643
Giardia duodenalis, 643–644
Tetratrichomonas ovis, 644

flagellates, 674, 676
fleas, 668, 682
flies, 664–667, 681–682

calliphorids, 664–665
ceratopogonids, 665
culicids, 665
hippoboscids, 665
muscids, 665–666
oestrids, 666
psychodids, 666
sarcophagids, 666
simuliids, 666
tabanids, 666–667

hemoflagellates, 642–643
Trypanosoma brucei, 642–643
Trypanosoma evansi, 642–643
Trypanosoma melophagium, 643
Trypanosoma theodori, 643
Trypanosoma vivax, 642–643

leeches, 653–654
lice, 667–668, 682

Bovicola, 667–668
Linognathus, 667

mites, 670–673, 683–684
Acarus farinae, 672–673
Caloglyphus herlesei, 672–673
Chorioptes, 670–671
Demodex, 672
Psorergates ovis, 673
Psoroptes, 671
Pyemotes tritici, 672–673
Raillietia, 672
Sarcoptes scabiei, 671–672
trombiculids, 673

nematodes, 654–664, 675, 678–680, 681
Bunostomum trigonocephalum, 655
Capillaria, 664
Chabertia ovina, 655–656
Cooperia curticei, 656
Dictyocaulus filaria, 657
Gongylonema, 663
Haemonchus contortus, 657–659
Muellerius capillaris, 662
Nematodirus, 659–660
Nematodirus battus, 659

INDEX 799

Oesophagostomum columbianum, 656
Oesophagostomum venulosum, 656
Parelaphostrongylus tenuis, 662–663
Protostrongylus, 663
Skrjabinema ovis, 654–655
Strongyloides papillosus, 654
Teladorsagia circumcincta, 660
Trichostrongylus axei, 660–661
Trichostrongylus colubriformis, 661
Trichostrongylus longispicularis, 661
Trichostrongylus vitrinus, 662
Trichuris, 664

in organ systems, 674–684
circulatory/lymphatic system, 674–675
enterohepatic system, 676–680
musculoskeletal system, 681
skin and connective tissue, 681–684

pentastomids, 675
piroplasmids, 674

Babesia, 649
Theileria, 649–650

ticks, 668–670, 683
Ambloyomma, 669
Dermacentor, 669–670
Haemaphysalis, 670
Hyalomma, 670
Ixodes, 670
Ornithodoros, 668
Otobius megnini, 669
Rhipicephalus, 670

trematodes, 650–652, 674, 676–677
Calicophoron, 651–652
Cotylophoron, 651–652
Dicrocoelium, 650
Fasciola gigantica, 650
Fasciola hepatica, 650–651
Paramphistomum, 651–652

Gongylonema, 663
Gongylonema ingluvicola, 250
Gongylonema pulchrum, 471, 626
Goniocotes gallinae, 260–261
Goniodes, 261
Goniodes dissimilis, 261
Gorgodera amplicava, 136
Gorgoderina, 137
Goussia carpelli, 74–76
grain itch mites, 672–673
Gram stain, 10
Graphidium strigosum, 468
gravity sedimentation, 8–9
guinea pigs, parasites of, 422–445

amoebae, 429–430, 441
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guinea pigs, parasites of (continued )
Endolimax caviae, 429–430
Entamoebae caviae, 430

cestodes, 442
ciliates, 433–435, 442

Balantidium caviae, 433–434
Cyathodinium, 434–435
Enterophyta elongata, 435
Koppera intestinale, 435
Protocaviella acuminate, 435

coccidians, 430–433, 441, 444
Cryptosporidium wrairi, 430–431
Eimeria caviae, 431–432
Klossiella cobayae, 432
Sarcocystis caviae, 432–433
Toxoplasma gondii, 433

flagellates, 422–429, 441, 444
Caviomonas mobilis, 422–423
Chilomastix intestinalis, 423
Chilomastix wenrichi, 423
Chilomitus caviae, 423–424
Colpodella edax, 429
Enteromonas caviae, 424
Giardia duodenalis, 424–425
Hexamastix caviae, 425–426
Hexamastix robustus, 426
Leishmania enrietti, 426–427
Monocercomonas caviae, 427
Monocercomonas minuta, 427
Monocercomonas pistillum, 427
Monocercomonoides caviae, 427–428
Monocercomonoides quadrifunilis, 428
Monocercomonoides wenrichi, 428
Oikomonas termo, 429
Proteromonas brevifilia, 428
Retortamonas caviae, 428
Selenomonas ruminantium, 429
Sphaeromonas communis, 429
Tritrichomonas caviae, 428–429

flies, 437–438, 444
lice, 438, 445

Gliricola porcelli, 438
Gyropus ovalis, 438
Trimenopon hispidum, 438

mites, 438–440, 445
Chirodiscoides caviae, 438–439
Demodex caviae, 440
Trixacarus caviae, 439–440

nematodes, 436–437, 442–443, 444
Paraspidodera uncinata, 437

trematodes, 435–436, 442
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Baylisascaris procyonis, 436–437
Pelodera strongyloides, 436

Gyrodactylidae, 87–89
Gyrodactylus, 27, 130–132, 185
Gyropus ovalis, 438

H
Haemaphysalis, 670
Haemaphysalis leporispalustris, 267
Haemaphysalis leporis-palustris, 475–476
Haematoloechus, 137
Haematopinus suis, 629
Haemodipsus ventricosus, 473–474
Haemogamosus pontiger, 405
Haemogregarina stepanowi, 181–182
Haemonchus contortus, 657–659
Haemoproteus, 22, 231–232
Haemoproteus columbae, 231
Haemosporidia, 182–184, 231–233, 328–329, 700–701
Haemotobi irritans, 665–666
Halipegus, 137–138
halzoun, 55
Hammondia hammondi, 320–321
Hammondia heydorni, 514
hamsters, parasites of, 399–410, 400–401

amoebae, 408
arthropods, 404–406

Demodex aurati, 404–405
Demodex criceti, 404–405
Demodex cricetuli, 405
Demodex sinocricetuli, 405
Haemogamosus pontiger, 405
Nosopsyllus fasciatus, 401–405
Notoedres, 405–406
Ornithonyssus bacoti, 406
Radfordia, 406
Spleorodens clethrionomys, 406

cestodes, 401, 408
flagellates, 399–401, 407

Giardia muris, 399–400
Spironucleus muris, 400
Tritrichomonas muris, 400–401

microsporidians, 401
mites, 409–410
nematodes, 401–404, 408–409

Syphacia criceti, 401
Syphacia mesocriceti, 401–404

in organ systems, 407–410
enterohepatic and respiratory systems, 407–409
skin and connective tissue, 410

Hannemania, 152–153
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Haplometra cylindracea, 138–139
hard ticks, 57–58
Hasstilesia tricolor, 463–464
haustellum, 786
heartworm, 503–504
Heligmosomoides polygyrus, 340–341
helminths

collection and preservation of, 4
nematodes, 90–91
trematodes, 87–89

Hemiptera, 61, 264–265, 355–356
hemocoel, 786
hemoflagellates, 118–120
hemogregarines, 181–182
hemolymph, 786
Henneguya salminicola, 84–87
hepatitis cystericosa, 653
Hepatozoon americanum, 514–515
Hepatozoon canis, 515, 779
Hepatozoon catesbeiana, 125
Hepatozoon cuniculi, 459
Hepatozoon muris, 321
Hepatozoon musculi, 321–323
hepatozoonosis, 759
Heterakis dispar, 242
Heterakis gallinarum, 242–243
Heterakis isolonche, 243–244
Heterakis spumosa, 337
Heterakoidea, 45, 240–244, 337, 437
Heterobilharzia americanum, 520
Heterolobosa, 18–19
heterophyids, 31–32
Heteroxynematidae, 414
Heteroxynematinae, 414
Hexamastix, 120
Hexamastix caviae, 425–426
Hexamastix robustus, 426
Hexamita, 120–121, 178
Hexamita batrachorum, 120–121
Hexamita columbae, 220, 220–221
Hexamita intestinalis, 121
Hexamita pitheci, 696
Hexamitidae, 307
Hexapoda, 60–68

Diptera, 64–67
Hemiptera, 61–62
Pthiraptera, 62–63
Siphonaptera, 63–64

Hippoboscidae, 66, 665
Hirstiella, 198–199
Hirudinea, 33

INDEX 801

Hirudinidae, 34
Hirudininea, 653
Histomonas, 16
Histomonas meleagridis, 221–222
histomoniasis, 221
Hofferellus, 84–87
Holochilus brasiliensis, 363
homothetogenic division, 23
hookworms, 45
Hoplopleura, 350–351
horse flies, 66, 666–667
horse leech, 653–654
house flies, 66
house mouse mite, 358–359
Hyalomma, 266–267
Hyalomma aegyptium, 195
Hybomitra, 666–667
Hydrotaea irritans, 665–666
Hymenolepis cantaniana, 235–236
Hymenolepis carioca, 236
Hymenolepis diminuta, 330–331
Hymenolepis megalops, 236
Hymenostomatida, 76–78
Hyostrongylus rubidus, 624–625
Hypderaeum conoideum, 233, 233–234

I
Ichthyophthirius multifiliis, 76–78
Icosiella, 150
imidacloprid, 758–759
imidocarb, 759
Indian rat flea, 354–355
Insecta, 152, 194, 404, 417, 504

Diptera, 255–260, 349–350, 437–438, 472–473, 546–548,
596–597, 664–667

Hemiptera, 264–265, 355–356
Phthiraptera, 260–263, 350–353, 438, 473–474, 548–549,

597–598, 629, 667–668, 716–717
Siphonaptera, 263–264, 353–355, 474–475, 598–599, 668,

717
intralecithal cleavage, 788
Iodamoeba butschli, 700
Iodamoeba butschlii, 699
Isospora, 124, 181, 229, 516
Isospora

amphiboluri, 181
Isospora canis, 515–516
Isospora felis, 582–583
Isospora ratti, 323
Isospora rivolta, 583–584
Isospora suis, 617–618
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ivermectin, 666, 759–762
Ixodes, 267–268, 550–551, 670
Ixodes scapularis, 58
Ixodida, 57–59
Ixodidae, 57, 266–268, 475–476, 550–552, 669–670

K
kala-azar, 786
Kalicephalus, 189–190
Karotomorpha, 121
Karotomorpha bufonis, 121
Karotomorpha swezyi, 121
karyokinesis, 786
karyomastigont, 16
kennel tick, 551–552
kinetoplast, 15–16, 786
kinetosomes, 786
kinteplastid flagellates, 16
kissing bugs, 61–62
Klossiella cobayae, 432
Klossiella muris, 323–325
Knemidocoptes gallinae, 268–269
Knemidocoptes mutans, 269–270
Knemidocoptes pilae, 269–271, 761
Knott’s test, 11–12

L
Laelaps echidninus, 357–358
Laminosioptes cysticola, 270–271
larval cestodes, 144–145
Lechriorchis primus, 184
leeches, 33–35, 145, 528–529, 653–654, 706–707
leg itch, 673
Leishmania, 510–511, 580
Leishmania enrietti, 426–427
Leporacarus gibbus, 476
Leptopsylla segnis, 353–354
Leptotrombidium, 673
Lernaea bhadraensis, 93
Lernaea cyprinacea, 92–93
Leucocytozoon, 22, 232
Leucocytozoon caulleryi, 232
levamisole, 763–765
Libyostrongylus douglassii, 764
lice, 62–63
life cycles, 20–21
Limmatis nilotica, 653–654
Limnatis nilotica, 528–530
Linguatula serrata, 55–56, 555–556
Linognathus, 667
Linognathus africanus, 667
Linognathus ovilis, 667

802 INDEX

Linognathus pedalis, 667
Linognathus setosus, 548
Linognathus stenopsis, 667
Lipeurus, 261–262
Lipeurus caponis, 261–262
Liponyssoides sanguineus, 358–359, 417
Litomosoides carinii, 344
Lobatostoma, 30
Loma salmonae, 80–84
lone star tick, 550
Longistriata noviberiae, 468
louse flies, 66
lufenuron, 766
Lugol’s iodine, 6
lungworms, 46, 763–764
Lutzomyia, 547–548, 666
Lynxacarus radovskyi, 600–601

M
Macracanthorhynchus hirudinaceus, 628–629
macrogamonts, 21, 786
macronucleus, 786
maggots, 64
malachite green, 766
malaria, 22
malaria-like apicomplexans, 22
Mallophaga, 62–63
malpighian tubules, 786
mange ear mite, 363–364
Mansonia, 665
marrara, 55
marsh rat, 363
Mastigophora, 118–123, 178, 304–314, 422–429, 510–513,

580–582, 617–618, 694–696
mastigophorans, 15
mealworm beetle, 330
median bodies, 786
Megalodiscus, 139
melarsomine, 767
Melophagus ovinus, 665
Menacanthus stramineus, 262
Menopon gallinae, 262
merogony, 21
meront, 786
merozoites, 21, 786
merthiolate-iodine-formalin (MIF), 2–3
Mesostigmata, 59–60, 195–198, 271–274, 552–553, 672
mesothorax, 786
metacestodes, 39–40
metameres, 53, 786
Metastrongyloidea, 46, 248, 342–344, 471, 593–595,

625–626, 662–663
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Metastrongylus, 625–626
metronidazole, 767–769
mice, parasites of. see rats and mice, parasites of
microfilaria

detection of, 11–13
microfilariae, 47
microgametes, 786
microgamonts, 21, 786
micronemes, 786
micronucleus, 786
microscopy techniques, 13
Microspora, 23–24, 125–126, 183, 435, 461–463, 701
Microsporidia, 329–330
microsporidians, 23–24

clinical diseases from, 82
diagnosis, 82–83
hosts, 81
life cycles, 23–24, 81
locomotion, 23
morphology of, 80
organelles, 23
pathologic effects, 81–82
prevention, 83
treatment, 83–84

milbemycin oxime, 770–771
Mobilida, 78–79
modified acid-fast stain, 10–11
modified Knott’s test, 11–12
Molineus, 711–712
mollusks, 108, 153
Moniezia expansa, 652
Moniliformis moniliformis, 347–348
Monocercomonas, 120
Monocercomonas caviae, 427
Monocercomonas minuta, 427
Monocercomonas pistillum, 427
Monocercomonoides, 309
Monocercomonoides caviae, 427–428
Monocercomonoides quadrifunilis, 428
Monocercomonoides wenrichi, 428
Monogenea, 130–133
morantel tartrate, 771
mosquitoes, 65, 256–257, 547, 665
mouse flea, 353–354
moxidectin, 771
Muellerius capillaris, 662
Multicalycidae, 29
Multicalyx elegans, 29
Musca, 258
Musca domestica, 66, 665–666
Muscidae, 66, 258, 547, 665–666
Muscina, 258
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Mustela putorius, 503
myiasis, 66–67
Myobia musculi, 359–361
Myocoptes musculinus, 361–363
Myxidium, 84–87
Myxobolus cerebralis, 84–87
Myxozoa, 84–87
myxozoans, 84–87

clinical diseases from, 86–87
diagnosis, 87
hosts, 84–85
life cycles, 85
morphology of, 84
pathologic effects, 85–86
prevention, 87
treatment, 87

N
Naegleria fowleri, 19
Nanophyetus salmincola, 520–521
Neascus, 142
Nematocera, 64
Nematoda, 41–48

Ascaridida, 45
Ascaridoidea (superfamily), 436–437, 466–467, 530–532,

590–591, 621–622
Dioctophymatoidea (superfamily), 544–545
Enoplida, 48
Filaroidea (superfamily), 192–193, 252–253, 344, 471–472,

539–541, 713–714
Heterakoidea (superfamily), 240–244, 337, 437
Metastrongyloidea (superfamily), 248, 342–344, 471,

535–537, 593–595, 625–626, 662–663
nematodes

Protostrongylus boughtoni, 471
Oxyuroidea (superfamily), 187–189, 337–340, 467–468,

654–655, 709–710
Rhabditida, 44
Rhabditoidea (superfamily), 187, 240, 335–337, 436, 466,

529–530, 618–621, 654, 707–709
Spirurida, 46–48
Spiruroidea (superfamily), 190–192, 248–252, 471,

537–539, 595, 626–627, 663, 712–713
Strongylida, 45–46
Strongyloidea (superfamily), 189–190, 245–246, 532–535,

591–593, 623–624, 710–711
Subuluroidea, 244–245
Trichostrongyloidea (superfamily), 190, 246–248, 340–342,

468–471, 593, 624–625, 656–662, 711–712
Trichuroidea (superfamily), 344–346, 472, 541–544,

595–596, 627–628, 664, 714–715
Troglotrematidae, 587–588
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Nematodirus, 468, 659–660
Nematodirus battus, 659
Nematotaenia dispar, 143–144
Neoechinorhynchus, 193
Neoricketssia helminthoeca, 521
Neospora caninum, 517, 647
Neotrumbicula, 153, 198–199, 673
Nippostrongylus brasiliensis, 341–342
Nochtia nochti, 712
non-human primates, parasites of, 694

acanthocephalans, 715–716
amoebae, 696–699, 723

Dientamoeba fragilis, 696
Endolimax nana, 696
Entamoeba chattoni, 696–699
Entamoeba coli, 698
Entamoeba dispar, 698
Entamoeba gingivalis, 698
Entamoeba hartmanni, 698
Entamoeba histolytica, 698–699
Iodamoeba butschlii, 699

cestodes, 706, 725–726, 731–732
ciliates, 701–702, 724

Balantidium coli, 701–702
Troglodytella abrassarti, 702

coccidians, 724, 731
enteric flagellates, 695–696

Chilomastix mesnili, 695
Enteromonas hominis, 695
Giardia lamblia, 695–696
Hexamita pitheci, 696
Pentatrichomonas hominis, 696
Retortamonas intestinalis, 696
Trichomonas tenax, 696

flagellates, 720, 722, 735
fleas, 717
flies, 733
haemosporidians, 700–701, 720–722

Hepatocystis kochi, 700
Plasmodium, 701
Plasmodium inui, 700–701

hemoflagellates, 694–695
Trypanosoma cruzi, 694
Trypanosoma minasense, 694–695
Trypanosoma rangeli, 695
Trypanosoma sanmartini, 695

leeches, 706–707, 735
lice, 716–717, 733
microsporidians, 701
mites, 717–719, 733–734, 735–736
nematodes, 707–715, 722, 726–730, 735

Anatrichosoma cutaneum, 714
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Calodium hepaticum, 714
Dipetalonema gracile, 713
Dipetalonema marmosetae, 713
Dipetalonema tamarinae, 713
Enterobius vermicularis, 709–710
Molineus, 711–712
Nochtia nochti, 712
Oesophagostomum, 710–711
Streptopharagus, 712–713
Strongyloidea fülleborni, 709
Strongyloides cebus, 707–709
Ternidens diminutus, 711
Trichuris trichiura, 714–715

in organ systems
circulatory/lymphatic system, 720–722
enterohepatic system, 723–730
musculoskeletal system, 731
respiratory system, 735–736
skin and connective tissue, 731–734
urogenital system, 735

pentastomids, 719, 734
piroplasmids, 699–700, 720
trematodes, 702–706, 722, 724–725

Athesmia foxi, 702–703
Gastrodiscoides hominis, 703
Schistosoma, 703–706

Northern rat flea, 354
Nosopsyllus fasciatus, 330, 354, 401
Nosopsyllus laeviceps kuzenkovi, 417
Notoedres, 364, 405–406
Notoedres cati, 476, 601, 760
Notoedres muris, 363–364
Nycotheroides, 128
Nycotheroides cordiformis, 128
Nyctotheroides, 184

O
Obeliscoides cuniculi, 469
Ochetosoma aniarum, 184
Ochlerotatus, 65
Octomitus pulcher, 309
ocular micrometer, 13
Odontopsyllus multispinosus, 474–475
Oesophagostomum, 45, 623–624, 710–711
Oesophagostomum columbianum, 656
Oesophagostomum venulosum, 656
Oestridae, 67, 666
Oestris ovis, 67, 666
Oestromyia leporina, 350
Oikomonas termo, 429
Old World rodent botfly, 350
Oligohymenophora, 76–79

34442 Index_789-814 r1bt.qxd  3/27/07  7:16 PM  Page 804



Ollulanus tricuspis, 593, 763
Onchocerca volvulus, 666
Oncicola canis, 545–546
oocysts, 17, 786
Opalina obtrigonoidea, 129–130
Opalina ranarum, 129–130
Ophionyssus natricis, 195–198
Ophisthioglyphe ranae, 139
ophisthorchids, 32
ophisthosoma, 56
opisthaptor, 28, 786
Opisthorchidae, 519–520, 587
Opisthorchis sinensis, 32
Opisthorchis tenuicollis, 32, 519–520, 587
organelles, 15–17
Oriental rat flea, 354–355
Ornithodoros, 266, 668
Ornithodoros turicata, 59, 194–195
Ornithonyssus bacoti, 272, 364–366, 406
Ornithonyssus bursa, 272–274
Ornithonyssus sylvirum, 272–274
Oswaldocruzia, 148–149, 190
Oswaldocruzia pipiens, 149
otoacariasis, 57
Otobius lagophilus, 475
Otobius megnini, 549–550, 669
Otodectes cynotis, 504–505, 601–602, 760
oxfendazole, 771–772
oxibendazole, 772
Oxylipeurus, 261–262
Oxymonadida, 309
Oxysomatium, 147–148
Oxyspirura mansoni, 250–251
Oxyspirura petrowi, 251
Oxyuroidea, 45, 148, 187–189, 337–340, 467–468, 654–655,

709–710
Ozolaimus, 187–188

P
Palaeacanthocephala, 48
Panstrongylus, 356
parabasal bodies, 786
Parabasalia, 15
parabasalians, 16
Paragonimus, 521–523, 587–588
Paragonimus westermanii, 34
Paramphistomatidae, 651–652
paramphistomatids, 32
Paramphistomum, 651–652
parasites

collection and preservation of, 4
parasitophorous vacuoles, 786

INDEX 805

Paraspidodera uncinata, 437
Paratriatoma, 356
Parelaphostrongylus tenuis, 662–663
Passalurus ambiguus, 467–468
Passalurus nonanulatus, 468
passive flotation, 5–6
patent period, 786
Pearsonema feliscati, 596
Pearsonema plica, 543–544
Pedicinus eurygaster, 716–717
Pedicinus obtusus, 716–717
Pelecitus, 248
Pelodera strongyloides, 436
pelta, 786
Pentastomida, 199–200, 482, 555–556, 719
pentastomids, 55–56
Pentatrichomonas gallinarum, 222
Pentatrichomonas hominis, 512–513, 696
phagocytosis, 18
Phlebotomus, 547–548, 666
Phthiraptera, 260–263, 350–353, 438, 473–474, 548–549,

597–598, 629, 667–668, 716–717
Phyllopharyngea, 79–80
Physaloptera, 595, 777
Physalopteroidea, 47
Physocephalus sexalatus, 626–627
pigeon quill mite, 263
pinocytosis, 18
pinworms, 45
Piroplasmidia, 231, 327–328, 517–519, 585, 649–650,

699–701
piroplasms, 22
Piscicloidae, 34
Piscinoodinium, 122
Piscinoodinium pillulare, 71–73
plagiorchids, 32
plasmodia, 786
Plasmodium, 233, 701
Plasmodium berghei, 329
Plasmodium cathemerium, 232
Plasmodium chabaudi, 329
Plasmodium circumflexum, 232–233
Plasmodium inopinatum, 328–329
Plasmodium inui, 700–701
Plasmodium vinckei, 329
Platynosomum fastosum, 586–587
Pleistophora, 183
Pleistophora myotropica, 125–126
pleurite, 786
Pleurogenes, 139–140
Pneumonyssoides caninum, 552–553, 760
Pneumonyssus simicola, 717–719
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polar tubes, 786–787
polaroplast, 23–24, 787
polecats, 503
polycarbonate filter technique, 12
Polyplax serrata, 62, 351–352
Polyplax spinulosa, 352–353
Polystoma, 130–133
polyvinyl alcohol (PVA), 2–3
Porocephalus, 719
posterior station development, 787
poultry red mite, 271–272
praziquantel, 752, 774–776
prepatent period, 787
procuticle, 787
proglottids, 37
prohaptor, 787
promastigotes, 787
prosoma, 56
Prosotocus confuses, 140
Prostenorchis, 715–716
Prosthenorchis elegans, 48
Prosthogonimus macrorchis, 32
Prostigmata, 60, 198–199, 440, 480–481, 553–555, 599–600,

672–673
Prostigmata (suborder), 152–153
Proteromonas, 122
Proteromonas brevifilia, 428
Protostrongylus, 663
Protostrongylus boughtoni, 471
Protostrongylus pulmonalis, 471
Protozoa, 70–80

Apicomplexa, 74–76, 124–125, 179–183, 225–233,
453–461, 501–503, 513–519, 582–585, 644–650

Ciliophora, 76–80, 127–130, 183–184, 433–435, 618,
701–702

Dinoflagellata, 70–73
Euglenozoa, 73–74
Microspora, 125–126, 183, 435, 461–463, 701
Myxozoa, 126–127
Sarcomastigophora, 118–130, 178–179, 219–224, 304–314,

399–401, 422–430, 452–453, 501, 510–512,
580–582, 617–618, 642–644, 694–699

Psedoloma neurophilia, 80–84
Pseudocapillaria tomentosa, 90–91
Pseudolynchia canariensis, 257–258
pseudophilyllidean tapeworms, 38
Pseudophyllidea, 38, 142–143, 522–524, 588–589
pseudopods, 18
Psorergates ovis, 673
Psorergates simplex, 366–367
Psoroptes, 671, 761
Psoroptes cuniculi, 476–479

806 INDEX

Psychodidae, 66, 547–548, 597, 666
Pthiraptera, 62–63
Pulex irritans, 524
puparium, 64
Pyemotes tritici, 672–673
pyrantel, 777–778
pyrimethamine, 779

Q
questing, 57
quill mite, 262–263
quinacrine, 779

R
rabbit tick, 267
rabbits, parasites of, 452

amoebae, 453, 484
apicomplexans, 453–461

Besnoitia oryctofelisi, 453
Cryptosporidium, 453–454
Eimeria, 457–459
Eimeria stiedae, 454–457
Hepatozoon cuniculi, 459
Sarcocystis cuniculi, 459
Sarcocystis leporum, 459–460
Toxoplasma gondii, 460–461

cestodes, 464–466, 491
Raillietina, 464
Taenia macrocystis, 466
Taenia pisiformis, 464–465
Taenia polycantha, 466
Taenia serialis, 465–466

coccidians, 484–485, 488, 489
flagellates, 452–453, 483, 484

Enteromonas, 452
Giardia duodenalis, 452
Monocercomonas cuniculi, 452–453
Retortamonas cuniculi, 453
Trypanosoma nabiasi, 453

fleas, 474–475, 492
Cediopsylla simplex, 474–475
Odontopsyllus multispinosus, 474–475
Spilopsyllus cuniculi, 474

flies, 472–473, 492
lice, 473–474, 492
microsporidians, 461–463, 485

Encephalitozoon cuniculi, 461–463
Enterocytozoon bieneusi, 463

mites, 476–481, 494
Cheyletiella parasitovorax, 480–481
Demodex cuniculi, 481
Leporacarus gibbus, 476
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Notoedres cati, 476
Psoroptes cuniculi, 476–479
Sarcoptes scabiei, 479–480
trombiculid, 481

nematodes, 466–472, 483, 486–487, 489, 490, 491
Baylisascaris procyonis, 466–467
Brugia lepori, 471–472
Dermatoxys hispaniensis, 468
Dermatoxys veligera, 468
Dermatoxys vlakhaasi, 468
Dirofilaria scapiceps, 472
Dirofilaria uniformis, 472
Gongylonema pulchrum, 471
Graphidium strigosum, 468
Longistriata noviberiae, 468
Nematodirus, 468
Obeliscoides cuniculi, 469
Passalurus ambiguus, 467–468
Passalurus nonanulatus, 468
Protostrongylus pulmonalis, 471
Strongyloides papillosus, 466
Trichostrongylus affinis, 469–470
Trichostrongylus calcaratus, 470
Trichostrongylus colubriformis, 470
Trichostrongylus ransomi, 470
Trichostrongylus retortaeformis, 470
Trichuris, 472

pentastomids, 482, 494
ticks, 475–476, 493–494

Haemaphysalis leporis-palustris, 475–476
Otobius lagophilus, 475

trematodes, 463–464, 485–486
Fasciola hepatica, 463
Hasstilesia tricolor, 463–464

Radfordia, 406
Radfordia affinis, 367–368
Radfordia ensifera, 368
Raillietia auris, 672
Raillietia caprae, 672
Raillietia manfredi, 672
Raillietina, 464
Raillietina cesticillus, 236–238
Raillietina echinobothrida, 238–239
Raillietina georgiensis, 239
Raillietina tetragona, 239–240, 240
rat fur mite, 368
rat lungworm, 342–343
rats and mice, parasites of, 304

acanthocephalans, 346–348, 376
amoebae, 314, 372

Endolimax ratti, 314
Entamoebae muris, 314

INDEX 807

bugs, 355–356, 380
Cimex lectularius, 356
Panstrongylus, 356
Paratriatoma, 356
Rhodnius, 356
Triatoma, 356

cestodes, 330–335, 373–374, 378
Cataenotaenia pusilla, 330
Hymenolepis diminuta, 330–331
Rodentolepis microstoma, 333–334
Rodentolepis nana, 331–333
Rodentolepis straminea, 334–335
Taenia taeniaformis, 335

coccidians, 314–327, 370, 372–373, 376–377, 382
Cryptosporidium muris, 314–315
Cryptosporidium parvum, 315
Eimeria, 319
Eimeria falciformis, 315–317
Eimeria miyairii, 317
Eimeria nieschulzi, 317–318
Eimeria pragensis, 319
Eimeria separata, 319
Frenkelia, 319–320
Hammondia hammondi, 320–321
Hepatozoon muris, 321
Hepatozoon musculi, 321–323
Isospora ratti, 323
Klossiella muris, 323–325
Sarcocystis, 325–326
Sarcocystis muris, 325
Toxoplasma gondii, 326–327

enteric flagellates, 306–314
Chilomastix bettencourti, 307
Giardia murdis, 307–308
Hexamastix muris, 308–309
Monocercomonoides, 309
Octomitus pulcher, 309
Pentatrichomonas hominis, 309
Retortamonas, 309–310
Spironucleus muris, 310–311
Tetratrichomonas microti, 311
Trichomitus wenyoni, 311
Tritrichomonas minuta, 311–313
Tritrichomonas muris, 313–314

flagellates, 370, 372
fleas, 353–355, 379

Leptopsylla segnis, 353–354
Nosopsyllus fasciatus, 354
Xenopsylla cheopis, 354–355

flies, 349–350
Cuterebra, 349–350
Oestromyia leporina, 350

34442 Index_789-814 r1bt.qxd  3/27/07  7:16 PM  Page 807



rats and mice, parasites of (continued )
haemosporidians, 328–329, 370

Plasmodium, 329
Plasmodium inopinatum, 328–329

hemoflagellates, 304–306
Trypanosoma conorhini, 304–305
Trypanosoma lewisi, 305–306
Trypanosoma musculi, 306

lice, 350–353, 379
Hoplopleura, 350–351
Polyplax serrata, 351–352
Polyplax spinulosa, 352–353

microsporidians, 329–330
mites, 356–369, 380–381

Demodex musculi, 356–357
Laelaps echidninus, 357–358
Liponyssoides sanguineus, 358–359
Myobia musculi, 359–361
Myocoptes musculinus, 361–363
Notoedres, 364
Notoedres muris, 363–364
Ornithonyssus bacoti, 364–366
Psorergates simplex, 366–367
Radfordia affinis, 367–368
Radfordia ensifera, 368
Trichoecius romboutsi, 368–369
Trixacarus diversus, 369

nematodes, 335–346, 371, 374–375, 378, 382
Angiostrongylus, 344
Angiostrongylus cantonensis, 342–343
Angiostrongylus costarencis, 343–344
Aspiculuris tetraptera, 337–339
Calodium hepaticum, 344
Capillaria, 344
Heligmosomoides polygyrus, 340–341
Heterakis spumosa, 337
Litomosoides carinii, 344
Nippostrongylus brasiliensis, 341–342
Strongyloides ratti, 335–336
Strongyloides venezuelensis, 335–336
Syphacia muris, 339
Syphacia obvelata, 339–340
Trichosomoides crassicauda, 345–348
Trichuris, 345
Trichuris arvicolae, 344–345
Trichuris muris, 345

in organ systems, 370–382
circulatory/lymphatic system, 370–371
enterohepatic system, 372–376
musculoskeletal system, 377
skin and connective tissue, 378–381
urogenital system, 382
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piroplasmids, 327–328, 370
Babesia microti, 327–328
Babesia rodhaini, 328

trematodes, 373
red mite, 271–272
red roost mite, 271–272
Reduviidae, 61–62, 265
refractile bodies, 787
reptiles, parasites of

acanthocephalans, 193, 206
amoebae, 178–179, 202–203
Ascaridoidea, 205
cestodes, 186, 205, 207

Diphyllobothrium erinacei, 186
Spirometra mansonoides, 186

ciliates, 183–184, 204
Balantidium, 183–184
Nyctotheroides, 184

coccidians, 201, 203, 207
Cryptosporidum, 179–180
Eimeria, 180–181
hermogregarines, 181–182
Isospora, 181

flagellates, 201, 202
Giardia, 178
Hexamita, 178
Trichomonas, 178

flies, 194, 207–208
leeches, 207
microsporidians, 183
mites, 206, 208–209, 211

Entonyssus, 195
Entophionyssus, 195
Ophionyssus natricis, 195–198
trombiculids, 198–199

myxozoans, 203, 210
nematodes, 187–193, 205–206, 207, 210

Alaeuris, 187–188
Camallanus, 190–191
Diaphanocephalus, 189–190
Falcaustra, 188–189
Foleyella, 192–193
Kalicephalus, 189–190
Oswaldocruzia, 190
Spiroxys contortus, 191–192
Tachygonetria, 189

in organ systems, 201–211
circulatory/lymphatic system, 201
enterohepatic system, 202–206
musculoskeletal system, 207–209
nervous system, 210–211
respiratory system, 210–211
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skin and connective tissue, 207–209
urogenital system, 210–211

Oxyuroidea, 205
pentastomids, 199–200, 206, 211
prostigmates, 206, 209
Strongyloidea, 205
ticks, 194–195, 208

Ambloyomma, 195
Hyalomma, 195
Ornithodoros turicata, 194–195

trematodes, 184–186, 201, 204, 210
Dasymetra conferta, 184
Gyrodactylus, 185
Lechriorchis primus, 184
Ochetosoma aniarum, 184
Spirorchis, 185–186
Zeugorchis eurinus, 184

Trichostrongyloidea, 206
Trichuroidea, 205

Retortamonadida, 309–310
Retortamonadidae, 309–310
Retortamonas, 309–310
Retortamonas caviae, 428
Retortamonas cuniculi, 453
Retortamonas intestinalis, 696
Rhabdias, 146
Rhabditida, 44
Rhabditis strongyloides, 529–530
Rhabditoidea, 45, 146, 187, 240, 335–337, 436, 466,

529–530, 618–621, 654, 707–709
Rhipicephalus, 670
Rhipicephalus sanguineus, 551–552
Rhodnius, 356
Rhodnius prolixus, 62
rhoptries, 20, 787
Rhynchobdellidae, 34
Rickettsia tsutsugamushi, 60
river blindness, 666
rodent botflies, 349–350
Rodentolepis microstoma, 333–334, 334–335, 335
Rodentolepis nana, 41, 331–333, 401, 414
Romana’s sign, 787
roost mite, 271–272
Rugogaster hydrolagi, 29
Rugosgastridae, 29

S
salivarian trypanosomes, 642–643
Salmincola californiensis, 93
sand flies, 66, 547–548, 666
Sarcocystis, 230, 325–326, 647–648
Sarcocystis caviae, 432–433

INDEX 809

Sarcocystis cuniculi, 459
Sarcocystis falcatula, 229
Sarcocystis horvathi, 230
Sarcocystis leporum, 459–460
Sarcocystis muris, 325
Sarcocystis rileyi, 230
sarcocysts, 787
Sarcodina, 123–124, 178–179, 314, 429–430, 453, 644,

696–699
Sarcomastigophora, 118–130, 399–401, 501

Mastigophora, 118–123, 178, 219–224, 304–314, 422–429,
452–453, 510–513, 580–582, 617–618, 642–644,
694–696

Sarcodina, 123–124, 178–179, 224–225, 314, 429–430,
453, 644, 696–699

Sarcophagidae, 67, 258–259, 548, 666
Sarcoptes scabiei, 479–480, 505, 552, 671–672, 760
scaly-face mite, 269–271
scaly-leg mite, 269–270
Schaudin’s fluid, 2–3
Schistocephalus solidus, 89–91
Schistosoma, 703–706

eggs, 33–35
Schistosoma haematobium, 704–705
Schistosoma japonicum, 704–705
Schistosoma mansoni, 32, 704–706
Schistosomatidae, 520
schistosomes, 33
schizocoely, 787
schizogony, 21, 787
schizonts, 21, 787
sclerites, 787
screwworm fly, 67
sedimentation, 5
selamectin, 780–781
Selenomonas ruminantium, 429
shaft louse, 262
Sheather’s sugar, 6
sheep, parasites of, 642

amoebae, 676
cestodes, 652–653, 677–678, 681

Echinococcus granulosus, 652
Moniezia expansa, 652
Taenia hydatigena, 652–653
Taenia multiceps, 652–653
Thysanosoma actinioides, 653

ciliates, 676
coccidians, 676, 680

Besnoitia caprae, 644
Cryptosporidum parvum, 644–645
Eimeria, 645–647
Neospora caninum, 647
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sheep, parasites of (continued )
Sarcocystis, 647–648
Toxoplasma gondii, 648

enteric flagellates, 643–644
Chilomastix caprae, 643
Giardia duodenalis, 643–644
Tetratrichomonas ovis, 644

flagellates, 674, 676
fleas, 668, 682
flies, 664–667, 681–682

calliphorids, 664–665
ceratopogonids, 665
culicids, 665
hippoboscids, 665
muscids, 665–666
oestrids, 666
psychodids, 666
sarcophagids, 666
simuliids, 666
tabanids, 666–667

hemoflagellates, 642–643
Trypanosoma brucei, 642–643
Trypanosoma evansi, 642–643
Trypanosoma melophagium, 643
Trypanosoma theodori, 643
Trypanosoma vivax, 642–643

leeches, 653–654
lice, 667–668, 682

Bovicola, 667–668
Linognathus, 667

mites, 670–673, 683–684
Acarus farinae, 672–673
Caloglyphus herlesei, 672–673
Chorioptes, 670–671
Demodex, 672
Psorergates ovis, 673
Psoroptes, 671
Pyemotes tritici, 672–673
Raillietia, 672
Sarcoptes scabiei, 671–672
trumbiculids, 673

nematodes, 654–664, 675, 678–680, 681
Bunostomum trigonocephalum, 655
Capillaria, 664
Chabertia ovina, 655–656
Cooperia curticei, 656
Dictyocaulus filaria, 657
Gongylonema, 663
Haemonchus contortus, 657–659
Muellerius capillaris, 662
Nematodirus, 659–660
Nematodirus battus, 659

810 INDEX

Oesophagostomum columbianum, 656
Oesophagostomum venulosum, 656
Parelaphostrongylus tenuis, 662–663
Protostrongylus, 663
Skrjabinema ovis, 654–655
Strongyloides papillosus, 654
Teladorsagia circumcincta, 660
Trichostrongylus axei, 660–661
Trichostrongylus colubriformis, 661
Trichostrongylus longispicularis, 661
Trichostrongylus vitrinus, 662
Trichuris, 664

in organ systems, 674–684
circulatory/lymphatic system, 674–675
enterohepatic system, 676–680
musculoskeletal system, 681
skin and connective tissue, 681–684

pentastomids, 675
piroplasmids, 674

Babesia, 649
Theileria, 649–650

ticks, 668–670, 683
Ambloyomma, 669
Dermacentor, 669–670
Haemaphysalis, 670
Hyalomma, 670
Ixodes, 670
Ornithodoros, 668
Otobius megnini, 669
Rhipicephalus, 670

trematodes, 650–652, 674, 676–677
Calicophoron, 651–652
Cotylophoron, 651–652
Dicrocoelium, 650
Fasciola gigantica, 650
Fasciola hepatica, 650–651
Paramphistomum, 651–652

sheep bot flies, 666
sheep nose bot, 67
sheep sucking louse, 667
Simpsonichoncha ambigua, 153
Simuliidae, 66, 666
Simulium, 259–690, 666
Siphonaptera, 63–64, 263–264, 353–355, 474–475, 668, 717
skin samples, 12–13
skinny disease, 82
Skrjabinema ovis, 654–655
slender guinea louse, 261–262
slender turkey louse, 261–262
sodium acetate-acetic acid-formalin (SAF), 2–3
sodium chloride, 781
soft ticks, 57–58
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somites, 53
Sphaerospora, 84–87
Sphyranura, 133
Spilopsyllus cuniculi, 474
spined rat louse, 351–352
spinose ear tick, 549–550, 669
spiny rat mite, 357–358
Spirocerca lupi, 47, 537–539
Spirometra, 523–524
Spirometra mansoni, 588–589
Spirometra mansonoides, 186, 588–589
Spironucleus, 222
Spironucleus muris, 310–311, 400
Spirorchis, 185–186
Spirorchis parvus, 185–186
Spiroxys contortus, 191–192
Spirurida, 46–48
Spiruroidea, 47, 190–192, 248–252, 471, 537–539, 595,

626–627, 663, 712–713
Spleorodens clethrionomys, 406
spores, 787
sporoblasts, 23–24, 787
sporocysts, 787
sporogony, 20–21, 787
sporonts, 787
sporoplasm, 23–24, 787
sporozoites, 21, 787
stable flies, 66
stains, 10–11
Stephanurus dentatus, 624
stercorarian development, 787
stercorarian trypanosomes, 643
sternite, 787
Stichocotyle nephropis, 29
Stichocotylidae, 29
sticktight flea, 263–264
stitch worm, 663
Stomoxys, 66, 258
Stomoxys calcitrans, 547
Streptopharagus armatus, 712–713
Streptopharagus pigmentatus, 712–713
strobila, 37
strobilation, 37
Strongylida, 45
Strongyloidea, 45, 189–190, 245–246, 532–535, 591–593,

623–624, 710–711
Strongyloidea fülleborni, 709
Strongyloides cebus, 707–709
Strongyloides oswaldoi, 240
Strongyloides papillosus, 466, 654
Strongyloides ransomi, 618–621
Strongyloides ratti, 335–336

INDEX 811

Strongyloides stercoralis, 530–531
Strongyloides venezuelensis, 336–337
subpellicular microtubule cytoskeleton, 787
Subulura brumpti, 244, 244–245
Subulura strongylina, 244
Subuluroidea, 244–245
sucking lice, 62
sugar solutions, 6
swine, parasites of, 617

amoebae, 631
cestodes, 618, 632–634, 635
ciliates, 618, 631
coccidians, 631, 635
flagellates, 617–618, 630, 631
fleas, 636
flies, 634
lice, 629, 635
mites, 636
nematodes, 618–628, 635, 637

Ascaris suum, 621–622
Ascarops strongylina, 626
Globocephalus urosubulatus, 623
Gongylonema pulchrum, 626
Hyostrongylus rubidus, 624–625
Metastrongylus, 625–626
Oesophagostomum, 623–624
Physocephalus sexalatus, 626–627
Stephanurus dentatus, 624
Strongyloides ransomi, 618–621
Trichinella spiralis, 627–628
Trichuris suis, 628

in organ systems, 630–637
circulatory/lymphatic system, 630
enterohepatic system, 631–634
musculoskeletal system, 635
respiratory system, 637
skin and connective tissue, 635–636
urogenital system, 637

piroplasmids, 630
ticks, 636
trematodes, 630, 631–632, 637

Syingophillus, 262–263
Syngamus trachea, 245–246
Syphacia criceti, 401
Syphacia mesocriceti, 401–404
Syphacia muris, 339, 416
Syphacia obvelata, 45–46, 339–340, 417

T
Tabanidae, 66, 666–667
Tabanus, 666–667
Tachygonetria, 189
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tachyzoites, 787
Taenia, 652–653
Taenia hydatigena, 652–653
Taenia macrocystis, 466
Taenia multiceps, 652–653
Taenia pisiformis, 39–40, 464–465, 526–527, 529, 774–776
Taenia polycantha, 466
Taenia serialis, 527–528
Taenia solium, 618
Taenia taeniaformis, 589–590, 752
Taeniidae, 464–465
tagmata, 53, 787
tapeworms, 37–41

basic anatomy of, 37
cyclophyllidean, 38–40
models of human infection, 41
pseudophilyllidean, 38
taxonomy, 37

tegument, 28
Teladorsagia circumcincta, 660
Tenebrio molitor, 330
tergites, 787
Ternidens diminutus, 711
Tetracapsuloides bryosalmonae, 84–87
Tetrameres americana, 251
Tetrameres crami, 251–252
Tetrameres fissispina, 252
Tetrameres pattersoni, 252
Tetratrichomonas, 122–123
Tetratrichomonas anseris, 222
Tetratrichomonas felistomae, 581
Tetratrichomonas gallinarum, 222–223
Tetratrichomonas microti, 311
Tetratrichomonas ovis, 644
Tetratrichomonas prowazeki, 122–123
Theileria, 649–650
thiabendazole, 781–783
Thysanosoma actinioides, 653
tick bite paralysis, 57
ticks, 57–59, 194–195
toltrazuril, 583
tongue worms, 55–56
Toxascaris leonina, 530–531, 590, 770
Toxocara canis, 531–532, 770
Toxocara cati, 590–591, 770
Toxoplasma gondii, 15, 230, 326–327, 433, 460–461, 503,

584–585, 648
tracheal lavage samples, 4
transverse fission, 23
Trematoda, 27–35

Aspidogastrea, 28–30
Dicrocoeliidae, 586–587
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Digenea, 30–33, 133–141
Monogenea, 27–28, 130–133
Opisthorchidae, 519–520, 587
Schistosomatidae, 520
Troglotrematidae, 520–522

Triatoma, 356
Triatoma sanguisa, 265
Triatominae, 61
Tribolium confusum, 330
Trichinella spiralis, 627–628
trichlorfon, 783–784
Trichodectes canis, 62, 524, 548–549
Trichodina, 78–79, 129
Trichodinella, 78–79
Trichoecius romboutsi, 368–369
Trichomitus, 122–123
Trichomitus batrachorum, 122–123
Trichomitus wenyoni, 311
Trichomonas, 178
Trichomonas gallinae, 223
Trichomonas tenax, 696
Trichosomoides crassicauda, 345–348
Trichostrongyloidea, 45–46, 148–149, 190, 340–342,

468–471, 593, 624–625, 656–662, 711–712
Trichostrongylus affinis, 469–470
Trichostrongylus axei, 660–661
Trichostrongylus calcaratus, 470
Trichostrongylus colubriformis, 470, 661
Trichostrongylus longispicularis, 661
Trichostrongylus ransomi, 470
Trichostrongylus retortaeformis, 470
Trichostrongylus tenuis, 247–248
Trichostrongylus vitrinus, 662
Trichuris, 345, 664
Trichuris arvicolae, 344–345
Trichuris muris, 345
Trichuris suis, 628
Trichuris trichiura, 48, 714–715
Trichuris vulpis, 544–545, 770
Trichuroidea, 48, 344–346, 472, 541–544, 595–596, 627–628,

664, 714–715
Trimenopon hispidum, 438
Tripartiella, 78–79
Tritrichomonas, 16, 122–123
Tritrichomonas augusta, 122–123
Tritrichomonas caviae, 428–429
Tritrichomonas eberthi, 223–224
Tritrichomonas foetus, 582
Tritrichomonas minuta, 311–313
Tritrichomonas muris, 313–314, 400–401
Trixacarus caviae, 439–440
Trixacarus diversus, 369
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Troglodytella abrassarti, 702
Troglotrematidae, 520–522, 587–588
troglotrematids, 33
Trombicula sarcina, 673
trombiculid mites, 152–153, 198–199, 481
trophozoites, 16
tropical rat mite, 364–366
Trypanosoma, 118–120
Trypanosoma avium, 224
Trypanosoma brucei, 642–643
Trypanosoma conorhini, 304–305
Trypanosoma cruzi, 62, 511–512, 580–581, 694
Trypanosoma evansi, 642–643
Trypanosoma lewisi, 305–306
Trypanosoma melophagium, 643, 665
Trypanosoma minasense, 694–695
Trypanosoma musculi, 306
Trypanosoma rangeli, 695
Trypanosoma sanmartini, 695
Trypanosoma theodori, 643
Trypanosoma vivax, 642–643
Trypasoma nanarum, 118–120
Trypasoma pipientis, 118–120
trypomastigotes, 787
tsetse flies, 66
tumbu flies, 546–547
Tunga penetrans, 717
turkey gnats, 259–690
turtles
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parasites of, 194
Tyrophagus castellani, 417
Tyzzeria parvula, 230
Tyzzeria perniciosa, 231

U
Uncinaria stenocephala, 535
urine samples, 4

W
wall-forming bodies, 787
warble flies, 67
Wenyonella anatis, 231
Wenyonella columbae, 231
Western chicken flea, 263
wet mount, 11
white spot disease, 77
wing louse, 261–262
Wohlfahrtia magnifica, 666

X
xenoma, 787
Xenopsylla cheopis, 354–355

Z
Zeugorchis eurinus, 184
zinc sulfate, 6
zoites, 787
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