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 Over the last decade or so, there has been an explosion in the global interest in marine algae 
including both seaweeds (macroalgae) and microalgae. This has commonly focused on 
their application as a source of bioenergy but also, more recently, on their potential as an 
“untapped” resource of natural products. In tandem with scientifi c and technological 
developments, public awareness of algae has increased considerably and their inclusion in 
our daily lives does not appear as alien anymore as it might have been, at least in the western 
world, a few years ago. Numerous algae-based products are on offer to the consumer, rang-
ing from agri-horticultural to food and cosmetic products. Despite    this enhanced presence, 
the general understanding of the diversity and complexity of what this unfortunate all- 
encompassing term “algae” entails is usually still underestimated by the public as well as 
some non-phycological researchers; however many scientists globally are currently engaged 
in unraveling the chemical and taxonomic richness of this diverse group of organisms. In 
parallel to working towards a better understanding of the basic biology of the many algal 
groups and their strategies to survive in the marine environments, considerable research 
efforts have resulted in signifi cant advances in algal biotechnology. There has also been 
excellent progress in the fi eld of chemical and structural identifi cation of bioactive com-
pounds as promising (marine-derived) natural products with potential in drug development 
in the long term. On the other hand, algal products also have the capability to be integrated 
in our daily lives as consumers for example as health-promoting foods. 

 Valuable compounds from marine algae include pigments, lipids, and fatty acids and 
sterols, polysaccharides, proteins and peptides, as well as many secondary metabolites such 
as mycosporine-like amino acids, phenolic compounds, and terpenes, all of which are highly 
specifi c to different algal groups and even to species within these. Bioactivities of algal com-
pounds described to date range from antioxidant, anti-infl ammatory, antidiabetic, antican-
cer, antiviral, antimicrobial, antifungal to anti-obesity and antidiabetic; more recently, high 
potencies of natural algal products against specifi c parasites have also been discovered. 

 Whilst of traditional and current economic value, and with high social acceptance as 
commodities in Asia, the western world is lagging in its appreciation of this marine resource, 
but this is about to change. For example, algae are anticipated to play an important role in 
the future within the European bioeconomy, with climate change, food security, and an 
aging population presenting global challenges; industry, researchers, politicians, and, 
increasingly, the public currently look towards the oceans as a source of novel and sustain-
able source of biomass to supply human food and support health and well-being. The pro-
vision of sustainable and safe biomass, together with more effective extraction of novel 
valuable compounds, is thus a growing concern and at the forefront of many national and 
international multidisciplinary research programs. 

 Regardless of the ultimate application, assuming that suitable algal biomass can be pro-
vided sustainably, the vast diversity and complexity of algal biomass demands reliable, fast, 
and effi cient extraction techniques that allow safe provision of the target compound(s) and 
accurate but affordable analytical techniques. Also, rapid and reliable tests for bioactivities 
are required for the manifold applications that are known—and those yet to be discovered. 

  Pref ace   



vi

 This volume aims to provide examples of the recent advances in extraction method-
ologies, analytical techniques, and commonly used bioactive assays currently applied to 
marine algae. Chapters include protocols for a suite of both routinely used standard pro-
cedures and newly developed, highly advanced and specialized techniques, which display 
currently available tools for characterizing algal chemical composition for the vast array 
of applications. Whilst the book cannot attempt to be complete (both due to the diversity 
and complexity of algal compounds, as well as ongoing technological developments), 
protocols were chosen to represent a range of extraction and analytical methods currently 
applied to both marine macro- and microalgae. They also cover a range of different com-
pounds families that are of current and potential future interest, concentrating on high-
value (i.e., non- bioenergy) applications in the food, agricultural, cosmetics, and 
pharmaceutical sectors. 

 Specifi cally, a    review of sources of available algal biomass, current applications of 
marine algae in different industries, and the recent trends in algal biotechnology is pre-
sented at the beginning of this volume (Chapter   1    )   . This is followed by a description of 
secondary metabolites (structure and function) produced by macroalgae (Chapter   2    ); 
then different extraction techniques are outlined, ranging from the traditional Solid-
Liquid Extraction (SLE; Chapters   4    –  7    ,   10    ,   11    ,   13    –  18    ,   21    ) to the use of enzymes (Chapter 
  8    ) or Microwave Assisted Extraction (MAE; Chapter   9    ). The following chapters detail 
several analytical methods: Spectrophotometry (Chapters   3    ,   5    ,   7    ,   20    ,   21    ), Thin Layer 
Chromatography (TLC; Chapters   11    ,   13    ,   14    ), Electrophoresis (Chapter   5    ), Liquid 
Chromatography with or without Mass Spectrometer(s) (LC with/without MS; Chapters 
  6    ,   10    ,   15    –  18    ), Gas Chromatography associated with different detectors or Mass 
Spectrometer (GC; Chapters   11    ,   14    ,   21    ), Mass Spectrometer (Chapters   19    ,   21    ), liquid 
or solid state Nuclear Magnetic Resonance Spectroscopy (RMN; Chapters   7    ,   12    –  14    , 
  20    –  22    ), Infra-red Spectroscopy (IF; Chapters   21    ,   22    ), and Raman Spectroscopy (Chapter 
  23    ). Also methodologies to highlight different bioactivity of compounds or extracts are 
described: antioxidant (Chapters   7     and   24    ), antimicrobial (Chapter   25    ), antifungal 
(Chapter   26    ), and antifouling (Chapter   27    ). In each case, these techniques are applied to 
primary or secondary algal metabolites: proteins (Chapters   3    ,   4    ), polysaccharides 
(Chapters   3    ,   9    ,   19    –  22    ), lipids (Chapter   11    ), pigments (Chapters   3    ,   5    ,   15    ), mycosporine-
like amino acids (MAAs; Chapter   6    ), phenolic compounds (Chapters   3    ,   7    ,   16    ), oxylipins 
(Chapter   10    ), terpenes (Chapters   13    ,   14    ), betaines    (Chapter   17    ), and different biotoxins 
(Chapter   18    ). 

 Active in both ecophysiological and applied biotechnological algal research, we con-
tinue to be intrigued by the newly described diverse adaptations of algae to their extreme 
and fl uctuating environments and the resultant “twists” in chemical structures that are 
discovered. Algal responses to their physical and chemical habitats and microhabitats, 
chemical ecology and its application in natural products research, are likely to continue 
to be a fascinating and rich fi eld that will yield new chemicals of value to humans. 
However the exploitation and commercial application of algae will need to ascertain, 
perhaps with the aid of novel cultivation methods and further biotechnological develop-
ments, that natural resources, their biological and chemical diversity, and their surround-
ing marine ecosystems will be protected, in particular, under globally increased 
environmental pressures. 

Preface

http://dx.doi.org/10.1007/978-1-4939-2684-8_1
http://dx.doi.org/10.1007/978-1-4939-2684-8_2
http://dx.doi.org/10.1007/978-1-4939-2684-8_4
http://dx.doi.org/10.1007/978-1-4939-2684-8_7
http://dx.doi.org/10.1007/978-1-4939-2684-8_10
http://dx.doi.org/10.1007/978-1-4939-2684-8_15
http://dx.doi.org/10.1007/978-1-4939-2684-8_17
http://dx.doi.org/10.1007/978-1-4939-2684-8_19
http://dx.doi.org/10.1007/978-1-4939-2684-8_21
http://dx.doi.org/10.1007/978-1-4939-2684-8_8
http://dx.doi.org/10.1007/978-1-4939-2684-8_9
http://dx.doi.org/10.1007/978-1-4939-2684-8_3
http://dx.doi.org/10.1007/978-1-4939-2684-8_5
http://dx.doi.org/10.1007/978-1-4939-2684-8_7
http://dx.doi.org/10.1007/978-1-4939-2684-8_20
http://dx.doi.org/10.1007/978-1-4939-2684-8_21
http://dx.doi.org/10.1007/978-1-4939-2684-8_11
http://dx.doi.org/10.1007/978-1-4939-2684-8_13
http://dx.doi.org/10.1007/978-1-4939-2684-8_14
http://dx.doi.org/10.1007/978-1-4939-2684-8_5
http://dx.doi.org/10.1007/978-1-4939-2684-8_6
http://dx.doi.org/10.1007/978-1-4939-2684-8_10
http://dx.doi.org/10.1007/978-1-4939-2684-8_15
http://dx.doi.org/10.1007/978-1-4939-2684-8_18
http://dx.doi.org/10.1007/978-1-4939-2684-8_11
http://dx.doi.org/10.1007/978-1-4939-2684-8_14
http://dx.doi.org/10.1007/978-1-4939-2684-8_21
http://dx.doi.org/10.1007/978-1-4939-2684-8_19
http://dx.doi.org/10.1007/978-1-4939-2684-8_21
http://dx.doi.org/10.1007/978-1-4939-2684-8_7
http://dx.doi.org/10.1007/978-1-4939-2684-8_12
http://dx.doi.org/10.1007/978-1-4939-2684-8_13
http://dx.doi.org/10.1007/978-1-4939-2684-8_20
http://dx.doi.org/10.1007/978-1-4939-2684-8_22
http://dx.doi.org/10.1007/978-1-4939-2684-8_21
http://dx.doi.org/10.1007/978-1-4939-2684-8_22
http://dx.doi.org/10.1007/978-1-4939-2684-8_23
http://dx.doi.org/10.1007/978-1-4939-2684-8_7
http://dx.doi.org/10.1007/978-1-4939-2684-8_24
http://dx.doi.org/10.1007/978-1-4939-2684-8_25
http://dx.doi.org/10.1007/978-1-4939-2684-8_26
http://dx.doi.org/10.1007/978-1-4939-2684-8_27
http://dx.doi.org/10.1007/978-1-4939-2684-8_3
http://dx.doi.org/10.1007/978-1-4939-2684-8_4
http://dx.doi.org/10.1007/978-1-4939-2684-8_3
http://dx.doi.org/10.1007/978-1-4939-2684-8_9
http://dx.doi.org/10.1007/978-1-4939-2684-8_19
http://dx.doi.org/10.1007/978-1-4939-2684-8_22
http://dx.doi.org/10.1007/978-1-4939-2684-8_11
http://dx.doi.org/10.1007/978-1-4939-2684-8_3
http://dx.doi.org/10.1007/978-1-4939-2684-8_5
http://dx.doi.org/10.1007/978-1-4939-2684-8_14
http://dx.doi.org/10.1007/978-1-4939-2684-8_6
http://dx.doi.org/10.1007/978-1-4939-2684-8_3
http://dx.doi.org/10.1007/978-1-4939-2684-8_7
http://dx.doi.org/10.1007/978-1-4939-2684-8_15
http://dx.doi.org/10.1007/978-1-4939-2684-8_10
http://dx.doi.org/10.1007/978-1-4939-2684-8_12
http://dx.doi.org/10.1007/978-1-4939-2684-8_13
http://dx.doi.org/10.1007/978-1-4939-2684-8_17
http://dx.doi.org/10.1007/978-1-4939-2684-8_18


vii

 We are grateful to our colleagues who have provided support and encouragement 
throughout our careers, including our Ph.D. supervisors, colleagues at NUI Galway and 
other institutions in Ireland, France, and abroad, and especially our colleagues in the fi eld 
of marine biotechnology for stimulating and challenging discussions. A special “thank you” 
goes to Dr Zoë Popper. We would like to thank our families for their continued support 
and patience, and the valuable advice and support from Springer during the preparation of 
this volume.  

  Galway, Ireland     Dagmar B.     Stengel    
 Cherbourg, France     Solène     Connan
Saint Nazaire, France    

Preface



     



ix

   Preface. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   v    
   Contributors . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   xi    

    1     Marine Algae: a Source of Biomass for Biotechnological Applications  . . . . . . .   1   
    Dagmar   B.   Stengel     and     Solène   Connan    

     2     Structure and Function of Macroalgal Natural Products  . . . . . . . . . . . . . . . . .   39   
    Ryan   M.   Young    ,     Kathryn   M.   Schoenrock    ,     Jacqueline   L.   von Salm    , 
    Charles   D.   Amsler    , and     Bill   J.   Baker    

     3     Spectrophotometric Assays of Major Compounds Extracted from Algae  . . . . .   75   
    Solène   Connan    

     4     Extraction and Enrichment of Protein from Red and Green Macroalgae  . . . . .   103   
    Pádraigín   A.   Harnedy     and     Richard   J.   FitzGerald    

     5     Extraction and Purification of R-phycoerythrin from Marine Red Algae. . . . . .   109   
    Justine   Dumay    ,     Michèle   Morançais    ,     Huu   Phuo   Trang   Nguyen    , 
and     Joël   Fleurence    

     6     Extraction and Analysis of Mycosporine-Like Amino Acids in Marine Algae. . . . .   119   
    Nedeljka   N.   Rosic    ,     Christoph   Braun    , and     David   Kvaskoff    

     7     Extraction and Purification of Phlorotannins from Brown Algae  . . . . . . . . . . .   131   
    Erwan   Ar   Gall    ,     Florian   Lelchat    ,     Mélanie   Hupel    ,     Camille   Jégou    , 
and     Valérie   Stiger-Pouvreau    

     8     Enzyme-Enhanced Extraction of Antioxidant Ingredients from Algae  . . . . . . .   145   
    Björn   V.   Adalbjörnsson     and     Rósa   Jónsdóttir    

     9     Microwave-Assisted Extraction of Fucoidan from Marine Algae. . . . . . . . . . . .   151   
    Solange   I.   Mussatto    

    10     Extraction and Analysis of Oxylipins from Macroalgae Illustrated 
on the Example Gracilaria vermiculophylla . . . . . . . . . . . . . . . . . . . . . . . . . . .   159   
    Dominique   Jacquemoud     and     Georg   Pohnert    

    11     Lipids and Fatty Acids in Algae: Extraction, Fractionation 
into Lipid Classes, and Analysis by Gas Chromatography Coupled 
with Flame Ionization Detector (GC-FID)  . . . . . . . . . . . . . . . . . . . . . . . . . . .   173   
    Freddy   Guihéneuf    ,     Matthias   Schmid    , and     Dagmar   B.   Stengel    

    12     HRMAS NMR Analysis of Algae and Identification of Molecules 
of Interest via Conventional 1D and 2D NMR: Sample Preparation 
and Optimization of Experimental Conditions  . . . . . . . . . . . . . . . . . . . . . . . .   191   
    Gaëlle   Simon    ,     Nelly   Kervarec    , and     Stéphane   Cérantola    

    13     Extraction, Purification, and NMR Analysis of Terpenes 
from Brown Algae. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   207   
    Marc   Gaysinski    ,     Annick   Ortalo-Magné    ,     Olivier   P.   Thomas    , 
and     Gérald   Culioli    

  Contents 



x

    14     Extraction, Isolation, and Identification of Sesquiterpenes 
from Laurencia Species . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   225   
    Angélica   Ribeiro   Soares    

    15     The Use of HPLC for the Characterization of Phytoplankton Pigments  . . . . .   241   
    José   L.   Garrido     and     Suzanne   Roy    

    16     Characterization of Phlorotannins from Brown Algae by LC-HRMS . . . . . . . .   253   
    Jeremy   E.   Melanson     and     Shawna   L.   MacKinnon    

    17     Analysis of Betaines from Marine Algae Using LC-MS-MS  . . . . . . . . . . . . . . .   267   
    Shawna   L.   MacKinnon     and     Cheryl   Craft    

    18     Analysis of Marine Biotoxins Using LC-MS/MS . . . . . . . . . . . . . . . . . . . . . . .   277   
    Bernd   Luckas    ,     Katrin   Erler    , and     Bernd   Krock    

    19     Fucoidan Analysis by Tandem MALDI-TOF and ESI Mass Spectrometry  . . . .   299   
    Stanislav   D.   Anastyuk    ,     Natalia   M.   Shevchenko    , and     Vladimir   I.   Gorbach    

    20     Determination of Substitution Patterns of Galactans 
from Green Seaweeds of the Bryopsidales  . . . . . . . . . . . . . . . . . . . . . . . . . . . .   313   
    Paula   Ximena   Arata    ,     Paula   Virginia   Fernández    , and     Marina   Ciancia    

    21     Structural Characterization of a Hybrid Carrageenan-Like Sulfated 
Galactan from a Marine Red Alga Furcellaria lumbricalis  . . . . . . . . . . . . . . . .   325   
    Youjing   Lv    ,     Bo   Yang    ,     Xia   Zhao    ,     Junzeng   Zhang    , and     Guangli   Yu    

    22     Characterization of Alginates by Nuclear Magnetic Resonance (NMR) 
and Vibrational Spectroscopy (IR, NIR, Raman) in Combination 
with Chemometrics. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   347   
    Henrik   Max   Jensen    ,     Flemming   Hofmann   Larsen    , 
and     Søren   Balling   Engelsen    

    23     Imaging and Identification of Marine Algal Bioactive Compounds 
by Surface Enhanced Raman Spectroscopy (SERS)  . . . . . . . . . . . . . . . . . . . . .   365   
    Mats   Josefson    ,     Alexandra   Walsh    , and     Katarina   Abrahamsson    

    24     In Vitro Protocols for Measuring the Antioxidant Capacity 
of Algal Extracts  . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   375   
    Owen   Kenny    ,     Nigel   P.   Brunton    , and     Thomas   J.   Smyth    

    25     Disk Diffusion Assay to Assess the Antimicrobial Activity 
of Marine Algal Extracts  . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   403   
    Andrew   P.   Desbois     and     Valerie   J.   Smith    

    26     Screening of a Marine Algal Extract for Antifungal Activities . . . . . . . . . . . . . .   411   
    Graciliana   Lopes    ,     Paula   B.   Andrade    , and     Patrícia   Valentão    

    27     Protocol for Assessing Antifouling Activities of Macroalgal Extracts. . . . . . . . .   421   
    Claire   Hellio    ,     Rozenn   Trepos    ,     R.   Noemí   Aguila-Ramírez    , 
and     Claudia   J.   Hernández-Guerrero     

   Index  . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .   437    

Contents



xi

        KATARINA     ABRAHAMSSON       • Department of Chemistry and Molecular Biology ,  University 
of Gothenburg  ,  Gothenburg ,  Sweden     

      BJÖRN     V.     ADALBJÖRNSSON       • Biotechnology and Biomolecules/Faculty of Food Science and 
Nutrition, Matis Ltd. Icelandic Food and Biotech R&D/University of Iceland  , 
 Reykjavík ,  Iceland     

      R.     NOEMÍ     AGUILA-RAMÍREZ       • Instituto Politecnico Nacional-Centro Interdisciplinario de 
Ciencias Marinas  ,  La Paz ,  Mexico     

      CHARLES     D.     AMSLER       • Department of Biology ,  University of Alabama at Birmingham  , 
 Birmingham ,  AL ,  USA     

      STANISLAV     D.     ANASTYUK       • G.B. Elyakov Pacifi c Institute of Bioorganic Chemistry, 
Far Eastern Branch ,  Russian Academy of Sciences  ,  Vladivostok ,  Russian Federation     

      PAULA     B.     ANDRADE       • REQUIMTE/Laboratório de Farmacognosia, Departamento de 
Química, Faculdade de Farmácia ,  Universidade do Porto  ,  Porto ,  Portugal     

      PAULA     XIMENA     ARATA       • Cátedra de Química de Biomoléculas, Departamento de Biología 
Aplicada y Alimentos, Facultad de Agronomía ,  Universidad de Buenos Aires  ,  Buenos 
Aires ,  Argentina     

    ERWAN     AR     GALL       • LEMAR – UMR6539, IUEM  ,  Plouzane ,  Brittany ,  France   ;   University 
of Brest (University of Western Brittany – UEB)  ,  Brest ,  France     

      BILL     J.     BAKER       • Department of Chemistry, Center for Drug Discovery and Innovation , 
 University of South Florida  ,  Tampa ,  FL ,  USA     

      CHRISTOPH     BRAUN       • School of Biological Sciences ,  University of Queensland  ,  St. Lucia , 
 QLD ,  Australia     

      NIGEL     P.     BRUNTON       • Department of Agriculture and Food Science ,  UCD  ,  Dublin ,  Ireland     
      STÉPHANE     CÉRANTOLA       • Plateforme technologique de Résonance Magnétique 

Nucléaire, Résonance Paramagnétique Électronique et Spectrométrie de Masse  , 
 Brest ,    France     

      MARINA     CIANCIA       • Cátedra de Química de Biomoléculas, Departamento de Biología 
Aplicada y Alimentos, Facultad de Agronomía ,  Universidad de Buenos Aires  ,  Buenos 
Aires ,  Argentina   ;   CIHIDECAR-CONICET, Departamento de Química Orgánica, 
Facultad de Ciencias Exactas y Naturales  , Universidad de Buenos Aires  ,  Ciudad 
Universitaria, Buenos Aires ,  Argentina     

      SOLÈNE     CONNAN       • Photobiotechnology ,  INTECHMER, Conservatoire National des Arts 
et Métiers  ,  Cherbourg ,    France   ;   CNRS, GEPEA, UMR6144 ,  Boulevard de l’Université  , 
 Saint Nazaire   ,  France     

      CHERYL     CRAFT       • Aquatic and Crop Resource Development ,  National Research Council 
of Canada  ,  Halifax ,  NS ,  Canada     

      GÉRALD     CULIOLI       • Nice Institute of Chemistry – PCRE and PFTC, UMR 7272 CNRS , 
 Université de Nice Sophia-Antipolis (UNS)  ,  Nice ,  France   ;   MAPIEM, EA 4323 , 
 Université de Toulon (UTLN)  ,  La Garde   ,  France     

      ANDREW     P.     DESBOIS       • Marine Biotechnology Research Group, Institute of Aquaculture, 
School of Natural Sciences ,  University of Stirling  ,  Stirlingshire ,  United Kingdom     

      JUSTINE     DUMAY       • LUNAM Université, Université de Nantes, MMS, Nantes    ,  France     

  Contributors 



xii

      SØREN     BALLING     ENGELSEN       • Department of Food Science, Faculty of Science ,  University 
of Copenhagen  ,  Frederiksberg C ,  Denmark     

      KATRIN     ERLER       • Institute of Nutrition, Faculty of Biology & Pharmacy ,  Friedrich- Schiller 
University  ,  Jena ,  Germany     

      PAULA     VIRGINIA     FERNÁNDEZ       • Cátedra de Química de Biomoléculas, Departamento de 
Biología Aplicada y Alimentos, Facultad de Agronomía ,  Universidad de Buenos Aires  , 
 Buenos Aires ,  Argentina   ;   CIHIDECAR-CONICET, Departamento de Química 
Orgánica, Facultad de Ciencias Exactas y Naturales ,  Universidad de Buenos Aires  , 
 Ciudad Universitaria, Buenos Aires ,  Argentina     

      RICHARD     J.     FITZGERALD       • Department of Life Sciences ,  University of Limerick  , 
 Limerick ,  Ireland     

      JOËL     FLEURENCE       • LUNAM Université, Université de Nantes, MMS, Nantes    ,  France     
        JOSÉ     L.     GARRIDO       • Instituto de Investigaciones Marinas (CSIC)  ,  Vigo ,  Pontevedra ,  Spain     
      MARC     GAYSINSKI       • Nice Institute of Chemistry – PCRE and PFTC, UMR 7272 CNRS , 

 Université de Nice Sophia-Antipolis (UNS)  ,  Nice ,  France     
      VLADIMIR     I.     GORBACH       • G.B. Elyakov Pacifi c Institute of Bioorganic Chemistry, Far Eastern 

Branch ,  Russian Academy of Sciences  ,  Vladivostok ,  Russian Federation     
      FREDDY     GUIHÉNEUF       • Botany and Plant Science, School of Natural Sciences, Ryan Institute 

for Environment, Marine and Energy Research ,  National University of Ireland Galway  , 
 Galway ,  Ireland     

      PÁDRAIGÍN     A.     HARNEDY       • Department of Life Sciences ,  University of Limerick  ,  Limerick , 
 Ireland     

      CLAIRE     HELLIO       • LEMAR UMR 6539 IUEM ,  Université de Bretagne Occidentale  , 
 Plouzané ,  France     

      CLAUDIA     J.     HERNÁNDEZ-GUERRERO       • Instituto Politecnico Nacional-Centro Interdisciplinario 
de Ciencias Marinas, Av. IPN S/N  ,  La Paz ,  Mexico     

      MÉLANIE     HUPEL       • Salipouss  ,  Fouesnant ,  Brittany ,  France     
      DOMINIQUE     JACQUEMOUD       • Institute for Inorganic and Analytical Chemistry, Bioorganic 

Analytics ,  Friedrich Schiller University Jena  ,  Jena ,  Germany     
      CAMILLE     JÉGOU       • Lubem Quimper – EA3882  ,  Quimper ,  Brittany ,  France   ;   University of 

Brest (University of Western Brittany – UEB)  ,  Brest ,  France     
      HENRIK     MAX     JENSEN       • DuPont Nutrition & Health, DuPont Nutrition Biosciences ApS  , 

 Braband ,  Denmark     
      RÓSA     JÓNSDÓTTIR       • Biotechnology and Biomolecules, Matis Ltd., Icelandic Food and Biotech 

R&D  ,  Reykjavík ,  Iceland     
      MATS     JOSEFSON       • Pharmaceutical Development, AstraZeneca R&D  ,  Mölndal ,  Sweden     
      OWEN     KENNY       • Department of Food Biosciences ,  Teagasc Food Research Centre  ,  Dublin ,  Ireland     
      NELLY     KERVAREC       • Plateforme technologique de Résonance Magnétique 

Nucléaire, Résonance Paramagnétique Électronique et Spectrométrie de Masse  , 
 Brest   ,  France     

      BERND     KROCK       • Ecological Chemistry ,  Alfred-Wegener Institut Helmholtz-Zentrum 
für Polar- und Meeresforschung  ,  Bremerhaven ,  Germany     

      DAVID     KVASKOFF       • University of Queensland Centre for Clinical Research Herston, 
University of Queensland  ,  St. Lucia ,  QLD ,  Australia     

      FLEMMING     HOFMANN     LARSEN       • Department of Food Science, Faculty of Science ,  University 
of Copenhagen  ,  Frederiksberg C ,  Denmark     

      FLORIAN     LELCHAT       • BMM Laboratory ,  Ifremer-Brest, ZI Began Diaoul  ,  Plouzane , 
 Brittany ,  France     

Contributors



xiii

      GRACILIANA     LOPES       • REQUIMTE/Laboratório de Farmacognosia, Departamento 
de Química, Faculdade de Farmácia ,  Universidade do Porto  ,  Porto ,  Portugal     

      BERND     LUCKAS       • Institute of Botany and Plant Physiology, Faculty of Biology & Pharmacy , 
 Friedrich-Schiller University  ,  Jena ,  Germany     

      YOUJING     LV       • Shandong Provincial Key Laboratory of Glycoscience and Glycotechnology , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China   ;   Key Laboratory of 
Marine Drugs, Ministry of Education, School of Medicine and Pharmacy , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China     

      SHAWNA     L.     MACKINNON       • Aquatic and Crop Resource Development ,  National Research 
Council of Canada  ,  Halifax ,  NS ,  Canada     

      JEREMY     E.     MELANSON       • Measurement Science and Standards, National Research Council 
of Canada  ,  Ottawa ,  ON ,  Canada     

      MICHÈLE     MORANÇAIS       • LUNAM Université, Université de Nantes, MMS, Nantes, France        
      SOLANGE     I.     MUSSATTO       • Department of Biotechnology ,  Delft University of Technology  ,  Delft , 

 The Netherlands
HUU PHUO TRANG NGUYEN • LUNAM Université, Université de Nantes, MMS, 

Nantes, France     
     ANNICK     ORTALO-MAGNÉ       • MAPIEM, EA 4323 ,  Université de Toulon (UTLN)  ,  La Garde , 

   France     
     GEORG     POHNERT       • Institute for Inorganic and Analytical Chemistry, Bioorganic Analytics , 

 Friedrich Schiller University Jena  ,  Jena ,  Germany     
      NEDELJKA     N.     ROSIC       • School of Biological Sciences ,  University of Queensland  ,  St. Lucia , 

 QLD ,  Australia     
      SUZANNE     ROY       • ISMER ,  Université du Québec à Rimouski  ,  Rimouski ,  QC ,  Canada     
      JACQUELINE     L.     VON     SALM       • Department of Chemistry, Center for Drug Discovery 

and Innovation ,  University of South Florida  ,  Tampa ,  FL ,  USA     
      MATTHIAS     SCHMID       • Botany and Plant Science, School of Natural Sciences, Ryan Institute 

for Environment, Marine and Energy Research ,  National University of Ireland Galway  , 
 Galway ,  Ireland     

      KATHRYN     M.     SCHOENROCK       • Department of Biology ,  University of Alabama at Birmingham  , 
 Birmingham ,  AL ,  USA     

      NATALIA     M.     SHEVCHENKO       • G.B. Elyakov Pacifi c Institute of Bioorganic Chemistry, 
Far Eastern Branch ,  Russian Academy of Sciences  ,  Vladivostok ,  Russian Federation     

      GAËLLE     SIMON       • Plateforme technologique de Résonance Magnétique Nucléaire, 
Résonance Paramagnétique Électronique et Spectrométrie de Masse  ,  Brest ,    France     

      VALERIE     J.     SMITH       • Scottish Oceans Institute, School of Biology ,  University of St Andrews  , 
 St Andrews, Fife ,  United Kingdom     

      THOMAS     J.     SMYTH       • Department of Life Sciences ,  Institute of Technology Sligo  ,  Sligo ,  Ireland     
      ANGÉLICA     RIBEIRO     SOARES       • Núcleo em Ecologia e Desenvolvimento Sócioambiental de 

Macaé, Grupo de Produtos Naturais de Organismos Aquáticos (GPNOA) ,  Universidade 
Federal do Rio de Janeiro  ,  Rio de Janeiro ,  Brazil     

      DAGMAR     B.     STENGEL       • Botany and Plant Science, School of Natural Sciences, Ryan Institute 
for Environmental, Marine and Energy Research ,  National University of Ireland 
Galway  ,  Galway ,  Ireland     

      VALÉRIE     STIGER-POUVREAU       • LEMAR – UMR6539, IUEM  ,  Plouzané ,  Brittany ,  France   ; 
  University of Brest (University of Western Brittany – UEB)  ,  Brest ,  France     

      OLIVIER     P.     THOMAS       • Nice Institute of Chemistry – PCRE and PFTC, UMR 7272 CNRS , 
 Université de Nice Sophia-Antipolis (UNS)  ,  Nice ,  France     

Contributors



xiv

      ROZENN     TREPOS       • School of Biological Sciences ,  University of Portsmouth  ,  Portsmouth ,  UK     
      PATRÍCIA     VALENTÃO       • REQUIMTE/Laboratório de Farmacognosia, Departamento 

de Química, Faculdade de Farmácia ,  Universidade do Porto  ,  Porto ,  Portugal     
      ALEXANDRA     WALSH       • Department of Chemistry and Molecular Biology ,  University 

of Gothenburg  ,  Gothenburg ,  Sweden     
      BO     YANG       • Shandong Provincial Key Laboratory of Glycoscience and Glycotechnology ,  Ocean 

University of China  ,  Qingdao ,  People’s Republic of China   ;   Key Laboratory of Marine 
Drugs, Ministry of Education, School of Medicine and Pharmacy ,  Ocean University of 
China  ,  Qingdao ,  People’s Republic of China     

      RYAN     M.     YOUNG       • Department of Chemistry, Center for Drug Discovery and Innovation , 
 University of South Florida  ,  Tampa ,  FL ,  USA     

      GUANGLI     YU       • Shandong Provincial Key Laboratory of Glycoscience and Glycotechnology , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China   ;   Key Laboratory of 
Marine Drugs, Ministry of Education, School of Medicine and Pharmacy , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China     

      JUNZENG     ZHANG       • Natural Products Chemistry, Aquatic and Crop Resource Development , 
 National Research Council of Canada  ,  Halifax ,  NS ,  Canada     

      XIA     ZHAO       • Shandong Provincial Key Laboratory of Glycoscience and Glycotechnology , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China   ;   Key Laboratory of 
Marine Drugs, Ministry of Education, School of Medicine and Pharmacy , 
 Ocean University of China  ,  Qingdao ,  People’s Republic of China      

Contributors



1

Dagmar B. Stengel and Solène Connan (eds.), Natural Products From Marine Algae: Methods and Protocols, Methods 
in Molecular Biology, vol. 1308, DOI 10.1007/978-1-4939-2684-8_1, © Springer Science+Business Media New York 2015

    Chapter 1   

 Marine Algae: a Source of Biomass 
for Biotechnological Applications 

           Dagmar     B.     Stengel      and     Solène     Connan   

    Abstract 

   Biomass derived from marine microalgae and macroalgae is globally recognized as a source of valuable 
chemical constituents with applications in the agri-horticultural sector (including animal feeds and health 
and plant stimulants), as human food and food ingredients as well as in the nutraceutical, cosmeceutical, 
and pharmaceutical industries. Algal biomass supply of suffi cient quality and quantity however remains a 
concern with increasing environmental pressures confl icting with the growing demand. Recent attempts 
in supplying consistent, safe and environmentally acceptable biomass through cultivation of (macro- and 
micro-) algal biomass have concentrated on characterizing natural variability in bioactives, and optimizing 
cultivated materials through strain selection and hybridization, as well as breeding and, more recently, 
genetic improvements of biomass. Biotechnological tools including metabolomics, transcriptomics, and 
genomics have recently been extended to algae but, in comparison to microbial or plant biomass, still 
remain underdeveloped. Current progress in algal biotechnology is driven by an increased demand for new 
sources of biomass due to several global challenges, new discoveries and technologies available as well as 
an increased global awareness of the many applications of algae. Algal diversity and complexity provides 
signifi cant potential provided that shortages in suitable and safe biomass can be met, and consumer 
demands are matched by commercial investment in product development.  

  Key words     Algal biomass  ,   Biotechnology  ,   Cultivation  ,   Commercial applications  ,   Diversity  ,   Genetic 
improvement  ,   Natural products  

1      Marine Algae: An “Untapped Resource” of Natural Products? 

 The vast and largely unexplored taxonomic, genetic, and chemical 
diversity and complexity of marine organisms including algae is 
considered an “untapped source” of valuable products and is cur-
rently investigated at many levels. Recent research has focused on 
a range of novel uses of algae in a wide range of industrial sectors, 
from agricultural, health care and cosmetics, to pharmaceutical 
uses, supported by advances in the chemical characterization and 
analytical techniques of new compounds and the ability to screen 
for different bioactivities in high-throughput systems. 
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 Research efforts are largely driven by an appreciation that 
many cultures have traditionally used natural marine resources as 
foods and medicines, and the fact that 70 % of the Earth’s surface 
is covered by the oceans which may provide additional opportuni-
ties where terrestrial resources are limited. More recently there has 
been a globally increasing search to meet demands in biomass and 
address the many challenges of an expanding human population, 
including climate change, aging populations, and food security 
resulting in the urgent need for sustainable biomass production 
from non-traditional sources. 

 Consequently, there has been a surge of investment globally in 
marine biotechnology, with research primarily targeting sponges, 
invertebrates, microorganisms, and algae. Algae are of particular 
interest because of their apparent high productivity, unequalled 
diversity, and because of the many new discoveries in bioactivities 
and compound diversity, and technical developments in 
cultivation. 

 The term “algae” refers to a large diversity of unrelated phylo-
genetic entities, ranging from picoplanktonic cells to macroalgal 
kelps. Existing taxonomic and chemical diversity between and 
within algal groups and its implication for commercial application 
is discussed in more detail by Stengel et al. [ 1 ]. Current systematic 
screening of algae is commonly based on systematic screening pro-
tocols, and disconnected from traditional phycological research, 
despite the high likelihood that the specifi c chemical adaptations of 
algal populations to extreme environments to yield discovery of 
interesting novel compounds. Algal biotechnology has gained sig-
nifi cant importance in agri-horticulture [ 2 ,  3 ], marine functional 
foods [ 4 ], cosmetics [ 5 ], and human health (e.g.,  6 ) applications, 
including the provision of ingredients for functional foods. 

 The development of new products from bioresources includ-
ing algae involves many steps (Fig.  1 ) that are driven by new mar-
kets and consumer demands, but requires signifi cant investment. A 
further obstacle is the lengthy approval process of the relevant 
safety agencies ensuring consumer safety and product and trading 
standards. The current dominant markets for high value products 
of algae are in the fi eld of agri-horticultural products, including 
animal feeds and plant stimulants, cosmeceuticals, and nutraceuti-
cals. There is also potential for new drug development although 
this requires longer development times and larger investments. 
The “time-to-market” is likely to be shortest for products in the 
agri-horticultural sector and intermediate in nutraceuticals and 
cosmeceuticals.  

 Algal biomass can be derived from natural or cultivated 
resources, which may or may not be predefi ned by strain selection 
and characterization, or hybridization, or by targeted wild- 
harvesting of specifi c phenotypes or materials which are likely to 
vary according to their origin [ 1 ]. Once compounds have been 
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chosen for product development, extraction protocols can be 
selected accordingly, with the choice being infl uenced by the antic-
ipated end-product, e.g., for food products GRAS technologies 
should be selected. Purifi ed or crude extracts containing mixtures 
of compounds are screened for bioactivities of interest. Following 
a positive result, extracts are fractionated and the purifi ed active 
ingredient chemically and structurally analyzed. One or several 
avenues to ensure a sustainable and consistent supply of the bioac-
tive compound may be pursued; if the source organism can be 
cultivated to provide suffi cient biomass and compounds, cultiva-
tion techniques can be applied and potentially optimized to achieve 
higher target compound yields. Knowledge of the biological func-
tion of the compound, and the wider fi eld of chemical ecology, will 
make an invaluable contribution here with such biological insight 
additionally likely to give insight into the biochemical mechanisms 
that will downstream support, for example, drug development. 
Depending on the organism, metabolic or genetic engineering 
approaches may be possible, if suffi cient genomic information for 
the organism is available, as well as the metabolomics and tran-
scriptomics of the compound biosynthesis. Where the cultivation 
of the source organisms or genetic approaches are not feasible, 
chemical synthesis may be an avenue for supplying suffi cient 
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  Fig. 1    Critical components and processes in the development of marine algal products       
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 quantities for further testing and eventual product development. 
Considerable fi nancial investment and long-term commitment 
from industry will be necessary at this point to conduct human tri-
als for the downstream development of nutraceuticals and cosme-
ceuticals, and in particular for the development of new drugs.  

2    Algal Diversity 

 In contrast to land plants which all shared a single common ances-
tor ~470 million years ago, algal diversity encompasses several only 
distantly related groups of mainly photoautotrophic organisms 
predominantly inhabiting aquatic environments. 

 Recent focus has been on marine macroalgal groups, as they 
comprise a large (known) diversity, with conspicuous biomass vis-
ible along coastlines and traditionally attracting attention from 
coastal communities. The vast taxonomic diversity of microalgae 
has received comparatively less attention due to limited access to 
suffi cient mono-specifi c biomass, cultivation requirements, as well 
as taxonomic complexities (e.g.,  7 ). 

 The chemical diversity of algae and its implications have 
recently been reviewed [ 1 ], and algal chemistry is evidently linked 
to evolution but phenotypic modifi cations also result from envi-
ronmental and biological pressures. Local conditions at the collec-
tion site such as light, nutrient, and temperature regimes 
considerably impact on metabolite levels and thus bioactive com-
position. Additionally, the biological status of algae including life 
cycle- and developmental-stage, as well as macroalgal thallus struc-
ture, infl uences biochemical composition and the eventual value of 
the algal source material. The major algal groups were traditionally 
classifi ed according to their chemical composition, but recent tech-
nological advances have allowed more detailed differentiation 
within compound families. These have revealed an even greater 
chemical richness, suggesting complex biochemical pathways and 
adaptive mechanisms, which promise to exceed the anticipated 
commercial potential for natural product development. However, 
more precise analytical techniques providing added defi nition also 
demand more careful sampling as to algal origin, time of collec-
tion, or culture conditions as well as, for macroalgae, thallus parts 
which display critical chemical distinctions [ 1 ]. 

 The richness and diversity of algal compounds with conceiv-
able commercial interest may be explained by complexities includ-
ing a vast taxonomy of algal species groups and species within 
groups, signifi cant chemical diversity correlated with the genetic 
diversity of these groups and the geographical distribution (large 
and small scale). Biological stimuli enhance the chemical diversity 
as individual populations and individuals exhibit considerable phe-
notypic plasticity and adaption to their habitats. Specifi c limitations 
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of individual species fall within the physiological restrictions that 
delimit their biogeographic boundaries. However, because they 
live in stressful and highly fl uctuating environments, most algae 
have evolved complex chemical mechanisms to facilitate short- or 
medium-term acclimations to stressors (e.g., UV radiation, salinity 
and temperature stress) as well as to defend themselves from bio-
logical pressures such as competitors, grazers, epiphytes, or para-
sites. Chemical ecology is a fascinating and rapidly expanding fi eld 
at the interface of algal biology and natural product chemistry. It 
encompasses the study of chemicals involved in defi ning species 
interactions, either between different algal species, or between 
algae and herbivores, or the secondary metabolites (e.g., phenolic 
compounds in brown algae, or mycosporine-like amino acids 
(MAAs) in red algae, some Cyanobacteria, and dinofl agellates) 
produced by algae to protect themselves against environmental 
stressors such as UV radiation. The next chapter (Chapter   2    ) pro-
vides an overview of the major classes of chemical compounds that 
have important biological functions in defense and signalling but 
also have been identifi ed as having potentially valuable applications 
as natural products.  

3    Current Applications of Algae 

 Table  1  summarizes some of the most commonly used algal com-
pounds, species from which they are derived including cultivated 
or wild stocks, and geographic distributions of major exploited 
species.

     Algae have traditionally been used as human food; famously Nori 
( Pyropia / Porphyra ) and kelp ( Laminaria ,  Saccharina ,  Undaria ) 
species have been consumed in the Far East, but there is also evi-
dence that the Cyanobacteria,  Nostoc ,  Arthrospira / Spirulina , and 
 Aphanizomenon , have served as human food for thousands of years 
in China [ 18 ,  25 ,  26 ], Chad and Mexico [ 26 ]. In the West, algal 
consumption has predominantly been restricted to red seaweeds; 
particularly  Palmaria palmata  (Dulse),  Chondrus cripsus  and 
 Mastocarpus stellatus  (Irish Moss) in Ireland, Scotland, Brittany, 
and North America. The main microalgal genera used today as 
food or food ingredients include mainly freshwater representatives 
of the genera  Chlorella ,  Arthrospira / Spirulina ,  Nostoc , 
 Aphanizomenon ,  Haematococcus  and  Dunaliella  [ 19 ]. Whilst 
chemical composition can vary according to species and growth 
environment (e.g.,  27 ), microalgae contain high levels of nutri-
tional constituents such as proteins [ 28 ], vitamins [ 29 ], and miner-
als [ 30 ], as well as bioactive compounds (e.g., anticancer, 
antibacterial, antiviral etc.,  see   25  for review) and considerable 
interest and investment has focused on microalgal biomass 

3.1  Algae and Food
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 production for human consumption. Several reviews have outlined 
the feasibility of macroalgae (e.g.,  31 ) and microalgae as a source 
of proteins (e.g.,  28 ) and nutraceuticals (e.g.,  17 ,  19 ), but algal 
chemical composition and associated bioactivity levels are species- 
and sample-specifi c (e.g.,  28 ,  31 ,  32 ). 

 A search for new sources of polyunsaturated fatty acids 
(PUFAs) has led to intensive screening of the natural fatty acid 
composition of macroalgae and microalgae; e.g., detailed studies 
of macroalgal species demonstrated that most are rich in polyun-
saturated fatty acids (PUFAs) and have an advantageous n6/n3 
ratio (0.61–5.15:1). However, fatty acid composition and propor-
tions of C18 and C20 PUFAs vary within and between different 
phyla [ 33 – 35 ]. Algal pigments including carotenoids, such as 
β-carotene, fucoxanthin and astaxanthin, and phycobilins, as well 
as UV-absorbing MAAs are of interest to the food industry as dyes 
and for their strong antioxidant and health promoting properties 
(e.g.,  36 – 38 ). 

 Algae absorb minerals from the surrounding water but can also 
take up heavy metals, if present, which means that water quality 
and good management of cultivation procedures are critical. 
Marine algae can hyperaccumulate iodine which has associated 
health risks, but iodine content and bioavailability depend on spe-
cies, with generally higher levels in kelps [ 39 ], and also vary sea-
sonally and geographically (for review  see   40 ). 

 Besides Cyanobacteria-derived microalgal food extracts, 
 Chlorella  products are commonly used in powder or tablet form to 
supplement dietary requirements. However, a recent analytical 
study of commercial  Chlorella  products revealed that not only were 
many products not monospecifi c (as claimed), containing several 
bacterial contaminants, but the biochemical composition also dif-
fered containing breakdown products rather than the intended 
compounds [ 41 ]. This highlights that to ensure consumer safety 
there is a necessity for greater taxonomic awareness of industry, as 
some microalgal species (such as  Chlorella ) are diffi cult to differen-
tiate, as well as careful reinforcement of environmental controls in 
cultivation and manufacturing to prevent bacterial contamination 
and processing-derived degradation of algal products.  

   The potential uses of algae, in particular of microalgae, as animal 
feed (e.g., in aquaculture) have long been recognized [ 42 ] and, 
alongside traditional uses as human food, probably represent the 
most established uses. Principally diatoms and green algae are 
grown in intense cultivation for animal feeds. Species selection for 
particular application and animals (e.g., molluscs, crustaceans) has 
traditionally been based on their chemical composition, the associ-
ated production costs, and local expertise. Borowitzka [ 42 ] pointed 
out that the choice of species grown for animal feed was limited to 
a few species with the result that the large diversity of algae 

3.2  Algae 
and Agri- horticulture
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available was not fully exploited. Macroalgae are also commonly 
cultivated, sometimes in multi-trophic and integrated systems 
 aiming to maximize biomass potential and minimize production 
cost (e.g.,  43 ). The application of macroalgae as animal feed for 
aquaculture is expanding (e.g.,  43 ) but it remains to be seen 
whether it can compete with the more established [ 44 ] cultivation 
of microalgae. Microalgae commercially are cultivated to provide a 
basic source of protein, carbohydrates, and minerals and fatty acids 
[ 45 ,  46 ] but also commonly as a colorant (e.g., astaxanthin [ 44 ]) 
to improve a products visual property and thus add value. The 
incorporation of both microalgae and macroalgae into feeds for 
(land- based) domestic animals including pigs, lambs and poultry is 
developing due to their nutritional and potential bioactive proper-
ties [ 45 ,  47 ,  48 ]. 

 Seaweeds have traditionally been used as fertilizers and soil 
conditioners, but quality of early products was sometimes poor 
[ 3 ]. Recent progress has been made in developing algal extracts 
based on an improved analytical understanding of the biochemical 
composition, variability and stability in macroalgal (e.g., derived 
from fucoids, kelps, and maerl) but also microalgal (e.g.,  49 ) prod-
ucts. Algal constituents of particular value as plant stimulants 
include hormones but also hormone-like substances such as beta-
ines, sterols, polysaccharides, and peptides (recently reviewed by 
Khan et al. [ 2 ] and Craigie et al. [ 50 ]). Critical new knowledge has 
allowed improved analytical characterization of extract compo-
nents with activities for specifi c horticultural applications (e.g., 
 51 ), more reliable bioassays (e.g.,  52 ) and the targeted application 
of bioactives such as specifi c types of brown algal phlorotannins. 
Further improvement has been made in recognizing the need for 
standardized seasonal and site-specifi c algal sampling to obtain 
optimum activity of compounds of interest to achieve product 
quality and consistency (e.g.,  50 ).  

   In addition to a wealth of algae-based body care products utilizing 
the intrinsic properties of phycocolloids such alginates, agars and 
carrageenans, the potential algal applications in cosmetics are based 
on three properties [ 5 ,  22 ,  53 – 55 ]: (1) their use as emulsifying and 
thickening agents (based on polysaccharides such as carrageenan 
and alginates), (2) as UV-protective agents due to the UV-absorbing 
properties of extracts including phenolics, carotenoids, and MAAs; 
(3) antioxidant, anti-infl ammatory, and anti-tumor properties of 
algal extracts. Whilst reference is commonly made to “potential 
applications” of algal extracts in the cosmetics industries, actual 
scientifi c and medical evidence for the skin care properties of algal 
compounds in products currently on the market is limited and a 
major attraction appears to be the “organic” label commonly 
awarded to algae-containing products. However, recent studies 
have clearly outlined the potential of algal extracts in cosmetic 

3.3  Algae 
and Cosmetics
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applications; specifi c activities of extracts are photoprotection, 
antioxidant, moisturizing, and whitening activity, but also anti- 
cellulite and slimming activity which have been attributed to a 
range of algal components including pigments, polysaccharides, 
terpenoids, and halogenated compounds, MAAs and phenolics, as 
well as proteins and amino acids [ 5 ]. Further studies into the bio-
activity and composition stability of algal compounds from known 
and scientifi cally proven sources are required.  

   Perhaps the greatest current activity in algal biotechnological 
research is the search for new compounds for human well-being 
based on health-promoting activities of algal extracts. Natural 
products chemistry is one of the fastest developing fi elds in bio-
technology, and discovery of new compounds from microalgae 
and macroalgae is commonly supported by analytical methods 
including NMR and spectroscopy. Many recent reviews have high-
lighted the wealth of compounds that have potential pharmaceuti-
cal applications (e.g.,  6 ,  36 ), or in turn outlined the many chemicals 
that have applications in both food and health, such as antioxidant 
activities (e.g.,  56 ). Whilst commonly screening for new chemicals 
is not specifi c to algae but involves a wider range of marine organ-
isms including microbes and sponges (e.g.,  57 ), new bioassays and 
screening techniques applied to algae have accelerated discoveries 
(e.g.,  17 ,  58 ,  59 ). The screening stretches across all algal groups 
(e.g.,  49 ,  55 ,  60 ,  61 ) and the areas of biomedical applications 
include general antioxidant, anticancer, antimicrobial, antiviral, 
antiobesity, antifouling, and biomaterials (e.g.,  62 ,  63 ). Compounds 
of interest include phycocolloids [ 64 ,  65 ], phenolics (e.g.,  55 ,  61 ), 
pigments (e.g.,  36 ), peptides and proteins [ 66 ], lipids [ 58 ], halo-
genated compounds (e.g.,  67 ), and terpenoids [ 68 ].   

4    Sources of Algal Biomass 

   According the Food and Agriculture Organization of United 
Nations (FAO;  12 ), 1.1 million tonnes of wild algal stocks are har-
vested annually, with the majority of biomass used in the phycocol-
loid and food industries [ 11 ]. Sustainable exploitation of natural 
resources needs to take into account the impact of harvesting 
which is known and monitored in only very few cases; for example 
long-term data on kelp populations have been invaluable to assess 
effects of commercial exploitation of kelps (e.g., in Brittany, France 
[ 69 ]) and the highly complex structure of kelp forests and poten-
tial ecological impacts of mechanical harvesting have repeatedly 
been demonstrated (e.g.,  70 ,  71 ). Even though detailed studies 
have been undertaken in some locations, data on productivity, 
recruitment, population structure and demography cannot be 
extrapolated to other populations [ 72 ]. On the other hand, there 

3.4  Algae and Health

4.1  Harvesting 
of Natural Resources
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are several examples where overharvesting reduced natural popula-
tions (e.g.,  73 ), and where biomass supply by cultivation was pur-
sued initially by land-based and, subsequently, open-shore 
cultivation to meet demands [ 74 ]. 

 Demands on seaweed biomass have multiplied driven by a 
globally increasing awareness, as well as a larger pool of scientifi c 
evidence, of their potential benefi ts and the many applications 
within various sectors, but also involve shifts in algal sources sup-
plying existing markets. For example, the harvested kelp biomass 
in Europe primarily for the production of alginates increased from 
about 5,000 tonnes to 30,500 tonnes between 1999 and 2009, 
whilst harvesting of the Pacifi c kelp  Macrocystis  decreased from 
35,000 to 5,000 over the same period [ 11 ]. Prudent resource 
management is thus critical not only to support local industries and 
related socioeconomic benefi ts of coastal communities in the long- 
term but also to avoid habitat loss and damage to marine ecosys-
tems as the macroalgae as primary producers and habitat providers 
are essential functional constituents of coastal systems (e.g.,  75 ). 

 An additional consideration when utilizing natural resources 
is the potential variability in chemical composition of natural 
stocks. This may be advantageous in some instances where the 
most suitable sites and harvesting times can be selected. However, 
the natural variation in biomass composition and quality [ 50 ] may 
not be appropriate for all applications such as high value food 
products (e.g.,  76 ). 

 Suitability of the available harvesting technologies, i.e., various 
hand- and mechanical methods, as well as harvesting regimes and 
intensities needs to be tested and adapted to individual seaweed 
species and locations (e.g.,  77 ). Effects of multiple and interacting 
impacts of recently observed indicators of global change, including 
eutrophication, increased water temperatures, changes in CO 2  lev-
els and associated processes leading to ocean acidifi cation, on com-
mercial (and other) seaweed stocks and their productivity are yet to 
be quantifi ed. Environmental impacts of harvesting natural popu-
lations also include effects on non-target species. Also, the risk of 
contaminants in the water that may be absorbed or adsorbed by 
macroalgae reducing their value or limiting their application should 
thus be of concern not only from a safety but also economic per-
spective [ 78 ].  

   According to FAO [ 12 ] the total global production of algae 
(including seaweeds and microalgae) amounts to ca. 25 million 
tonnes for various applications including human food and agricul-
tural products such as animal feed and fertilizers, as well as health 
care products. Despite the large algal diversity potentially available, 
algal cultivation is limited to around 37 species, including both 
freshwater and marine (macro- and micro-) algae [ 12 ]; seaweed 
production is dominated by a handful of species such as the 

4.2  Algal Cultivation
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carrageenophytes  Eucheuma  spp. and  Kappaphycus  spp., followed 
by  Saccharina japonica , agarophytes (mainly  Gracilaria  spp.), 
Wakame ( Undaria pinnatifi da —also classifi ed as highly invasive 
species and listed on the Global Register for invasives), and Nori 
species ( Porphyra  and  Pyropia ). Based on fi gures from FAO [ 12 ], 
seaweed biomass derived from cultivation doubled between 2010 
and 2012. Production is concentrated in Asia; China is a major 
producer with an estimated annual yield of 13.5 million tonnes 
(mainly kelps); substantial increases in carragenophyte production 
in Indonesia have also been recorded [ 12 ]. On the other hand, 
Japanese Nori production was signifi cantly reduced possibly due to 
the fallout of the Fukushima nuclear incident in 2011. 

 Traditionally the main purpose of microalgal production has 
been the production of animals (fi sh, molluscs) in aquaculture 
[ 42 ], with more recent objectives being the production of biomass 
for human food stimulated by the high protein contents of com-
monly grown genera such as  Chlorella  and  Arthrospira / Spirulina  
[ 79 ], and the production of third generation biofuel [ 80 ]. 
Microalgae are now more commonly accepted as human food sup-
plements and widely available commercially [ 17 ,  81 ]. 

 The opportunity to harness species-specifi c responses to the 
environmental conditions that control algal metabolism, and by 
extension composition, in cultivation systems offers the potential 
to maximize the production of compounds of interest. There is a 
long tradition of microalgal biomass production for specifi c appli-
cations, and virtually all biomass is derived from cultivated sources 
with various degrees of intensities. By contrast, only recently, a few 
commercial ventures have developed effective but well-controlled 
cultivation systems allowing production of macroalgal biomass for 
high value applications [ 76 ]. Whilst it is critical, and perhaps obvi-
ous, to match taxonomic groups to particular applications based 
on their natural chemical composition, the scope to harness the 
responses of different algal groups to environmental stimuli, which 
can be artifi cially imposed in cultivation, is enormous but remains 
a challenge. The objective is to modify not only levels of com-
pounds but also their composition which is related to their bioac-
tive potential and thus fi nal application.  

     There are two principle approaches to macroalgal cultivation; (1) 
seaweeds can be grown on land in tanks or ponds or, (2), more 
commonly, in open-sea coastal or off-shore environments. Apart 
from careful site selection, off-shore production by default offers 
only limited opportunities for optimizing algal growth and com-
position, and other factors including water quality, access, and con-
fl icting interests of coastal usage impose constraints. 

 Most basic cultivation methods have involved an artifi cial 
increase of substrates that might attract algal settlement in 
 convenient locations, by placing rocks in sheltered intertidal 

4.3  Cultivation 
Systems

4.3.1  Macroalgal 
Cultivation Systems

Algal Biomass for Biotechnological Applications



16

regions to encourage fucoid recruitment and increase harvestable 
algal biomass (e.g., in Ireland). Other simple cultivation systems 
avail of existing aquaculture infrastructure (e.g., disused and modi-
fi ed fi sh or shrimp ponds), but more usually macroalgae are farmed 
on fl oating or bottom-fastened net or long-line structures in coastal 
or off-shore waters. More recently the integration of macroalgal 
cultivation into existing aquaculture systems (e.g., fi sh or mussel 
farms) has gained interest, but only few fully commercial farms of 
such integrated multi-trophic aquaculture (IMTA) systems exist 
due to the complexity of the different components and most farms 
are at pilot stage. 

 Once suitable functional components of algae are identifi ed 
for the development of a particular product, demand needs to be 
secured and this must allow traceability of materials, sustainability, 
and quality assurance. Whilst on-land cultivation fi ts most of these 
criteria [ 76 ] it is associated with high costs due to energy inputs 
and labor requirements. Although based on long-standing tradi-
tions and signifi cant research efforts, the large-scale cultivation of 
food species underway in South-East Asia has recently suffered 
from environmental pressures such as the consequences of eutro-
phication, as well as industrial incidents such as the 2011 
Fukushima nuclear disaster. Consequently, the demand for edible 
seaweeds produced for export to markets globally which are usu-
ally supplied by Japanese seaweed production has increased and 
raised interest in seaweed production in regions considered safe 
and non-contaminated. 

 Although the cultivation of macroalgae is regarded as a tool for 
water quality improvement through the nutrient capacity of some 
species (including  Porphyra  species), good cultivation and manage-
ment practises are essential. A possible connection between large-
scale seaweed cultivation and the occurrence of green tides has 
been suggested, where the green tide forming  Ulva  [ Enteromorpha ] 
 prolifera  discarded from  Pyropia yezoensis  nets appeared to be the 
origin of the world’s largest (1,200 km 2 ) green tide just before the 
2008 Beijing Olympics sailing event at Quindao [ 82 ]. Also, whilst 
cultivation of macroalgae such as  Gracilaria  and  Gelidium  for agar 
production has developed to make a major economic and social 
contribution to local communities (e.g., in Chile), improved man-
agement techniques to combat pathogens and pests, as well as 
issues with changed sedimentation due to reduced water move-
ment, need to be developed further [ 83 ,  84 ]. 

 As generally effective nutrient scrubbers, algae also absorb 
trace elements and heavy metals from their surrounding seawater 
which potentially include toxic contaminants. Seaweed also have a 
complex and largely unexplored epifl ora [ 85 ,  86 ] which needs to 
be taken into consideration, and should be carefully monitored, as 
it could reduce the quality of open-shore cultivated macroalgae.  
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   Despite the vast potential due to the diversity of species available, 
the multiple applications of microalgae which are recognized, as 
well as biotechnological advances made, only a handful of microal-
gal species are produced at commercial scale. Cultivation is limited 
by the cost of production balanced against the value of the end- 
product, and technological issues in maximizing algal productivity. 
Geographic location and associated production cost due to energy 
demand is also a concern, and with few exceptions, most commer-
cial microalgal production is limited to low latitudes (e.g.,  87 ). 

 Clearly, end-uses, product value, and overall economic con-
straints drive the scope for algal production. Principle differences 
between open or closed cultivation systems, and the many types of 
bioreactor design available and under development, determine 
production and running costs, product quality and value, and ulti-
mately the economic viability of these cultivation systems. Besides 
obvious advantages and disadvantages of indoor and outdoor cul-
tivation with regard to the ability to control environmental condi-
tions, energy costs, and factors such as space limitation and local 
climate, product choice also places constraints on microalgal pro-
duction [ 88 ]. For example, the production of food ingredients 
requires ideally sterile, axenic cultures and thus closed vessels to 
avoid contaminants but energy input requirements are higher [ 19 ]. 
The principle argument for open systems is the potentially cheaper 
production of organisms utilizing natural solar energy. However, 
effi ciency and thus productivity may be reduced and production is 
restricted to locations with adequate space, water and energy pro-
visions and to species with wider environmental tolerances (e.g., 
 89 ); contamination risks pose and additional threat. Eriksen [ 22 ] 
reviewed different tank and photobioreactor designs (tubular, fl at 
panel, column) with mixing and light distribution being critical 
factors limiting algal productivity. Applications of the physiological 
responses of microalgae to light include the opportunity to apply 
intermittent high-light–low-light cycles to stimulate algal produc-
tivity in photobioreactors by reducing the risk of photoinhibition 
(e.g.,  90 ). The design of bioreactors for optimum algal productiv-
ity is an area of signifi cant research efforts which have not only 
focused on impacts of environmental parameters such as light, 
temperature, salinity, and nutrient regimes (and combinations 
thereof) but also on optimizing fl ow-rates, turbulence, and light 
exposure through specifi c bioreactor design. A number of reviews 
have outlined the many outstanding issues regarding the link 
between optimum light absorption, turbulence, algal biomass, and 
compound production for different purposes (including the pro-
duction of biofuels) using different groups of microalgae [ 22 ,  91 –
 98 ], with critical factors identifi ed as economics, independency of 
external climatic factors, end-products, and species choice.   

4.3.2  Microalgal 
Cultivation Systems
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   With increasing interest in a wider range of algal products, cultiva-
tion techniques particularly have made signifi cant advances by 
optimizing culture conditions for specifi c groups, species, or 
strains, recognizing the scope to fi ne-tune conditions according to 
organism requirements, and identifying the environmental param-
eters controlling compound production. The need to adjust cul-
ture conditions to particular requirements is directly linked to the 
basic biological function(s) of the desired compound, as well as the 
ability of different taxonomic groups or subgroups to regulate 
compound levels and composition. 

 In contrast to macroalgal cultivation, the main objective of 
microalgal production has been for animal feed enrichment (or 
replacement of other food components). Subsequently, demand 
for carotenoid or astaxanthin production has driven the produc-
tion of these compounds in commonly grown species such as 
 Dunaliella  sp. or  Haematococcus  sp. for a particular purpose in 
aquaculture from an early stage of research. Despite considerable 
advances there is still a lack of expertise in identifying optimum 
conditions for synthesis of novel compounds in strains (or species) 
and in identifying particularly suitable strains for industrial applica-
tion. New data of ecophysiological impacts are essential to achieve 
economically viable algal production. Whilst some generalities on 
the environmental impacts on groups of algae are possible with 
regard to levels of metabolite production (e.g., in response to light 
and nutrients), species-specifi c requirements are critical, and 
reports on impacts for individual species cannot necessarily be 
applied to species (or strains) within the same group. Although in 
principle the same approach could be applied to macroalgal culti-
vation, most progress has been made by adopting specifi c culture 
conditions for the production of microalgae biomass with specifi c, 
mainly high-value, applications such as bioactive production [ 99 ]. 

   The basic ecophysiological principle of light limitation of photo-
synthesis, up to a saturating irradiance, which should result in 
increased growth rates under otherwise non-limiting conditions 
obviously also applies to microalgae. Here, compared to multicel-
lular macroalgae, the physiological relationships are often easier to 
control in culture. Simple light–growth relationships have been 
established for different microalgal strains adapted to different 
light climates [ 100 – 102 ]. High irradiance regimes at low nutrient 
levels have been applied to cultivated algae to achieve high carbo-
hydrate contents (e.g.,  103 ), with carbohydrate composition being 
more directly related to light levels in microalgae than they are in 
macroalgae which have a more complex distribution of storage vs. 
structural carbohydrates (e.g.,  104 ). 

 For both macroalgae and microalgae, responses to light can be 
categorized in terms of light quantity or quality, and classic 

4.4  Adapting Algal 
Cultivation Systems 
to Specifi c Biomass 
Applications

4.4.1   Light
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irradiance responses include changes in pigment levels and compo-
sition [ 105 ,  106 ]. Optimum light levels vary considerably accord-
ing to type of cultivation (indoor vs. outdoor using natural 
sunlight), the rationale for cultivation (e.g., where low-light condi-
tions are to be achieved to simulate light limitation or where 
sun-screen compounds such as carotenoids or phenolics are 
desired), and the target species. For example, commercial carot-
enoid production has been successfully achieved in  Dunaliella  
grown under high irradiances [ 107 ], although the impact of 
multiple stresses (high salinity, low temperature, nutrient deprive, 
heavy metal stress) can further enhance carotenoid production 
(in  Dunaliella ) [ 108 ]. 

 As synthesis of some desired products, such as carotenoids, is 
further controlled by spectral qualities, these can be manipulated 
in culture to optimize production. Whilst most research on UV 
protective mechanisms to date has focused on climate change 
impacts and thus not necessarily involved study of commercial spe-
cies, a wealth of knowledge regarding processes that control com-
positional changes in response to UV exposure has been established 
(e.g.,  54 ,  109 ). There is ample evidence for physiological and bio-
chemical mechanisms to provide protection for microalgae from 
mild UV radiation although high levels in particular of UV-A result 
in DNA damage and/or loss of viability. A more novel approach is 
the deliberate exposure of microalgae to UV-B to stimulate the 
production of compounds of interest, including pigments and 
tocopherol levels (e.g.,  Synechocystis ; [ 106 ]). It should be noted 
that UV responses differ according to the natural ability of differ-
ent algal groups, species, and strains, to adjust their photosynthetic 
processes. This is commonly linked to the natural fl uctuations in 
UV that the different species are adapted to. 

 By manipulating the culture conditions such as growing some 
microalgal species under heterotrophic or mixotrophic conditions, 
production of some compounds of interest can be enhanced; syn-
thesis of a compound not synthesized under normal conditions can 
even be stimulated, e.g.,  Galdieria sulphuraria  cultivated under 
heterotrophic conditions, i.e., in the absence of light and photo-
synthesis produces higher levels of phycocyanin than under photo-
trophic conditions (reviewed by Eriksen [ 22 ]). Heterotrophic 
conditions are not limited by incident light as such, so this regime 
can lead to higher production potentials [ 22 ].  

   Nutrient levels are often assumed to be directly related to algal 
biomass production, as eutrophic waters are usually characterized 
by higher algal biomass, to the extent that oceanic or coastal nutri-
ent levels are used as a proxy for algal productivity (e.g.,  110 ). 
However, relationships between nutrients, chlorophyll, cell 
 number, cell size, and actual algal biomass production are not 

4.4.2  Nutrients
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 necessarily directly correlated. Although several specifi c growth 
media are suitable for growth of different algal groups under labo-
ratory conditions [ 111 ], economic constraints usually do not allow 
their application to commercial scale. 

 Early studies have demonstrated the potential for enhance-
ment of total protein levels in  Chlorella  grown for potential food 
production by increasing nitrogen levels [ 112 ]. Experiments on 
microalgal growth responses to nutrient addition were also con-
ducted to establish simple ways to achieve cheap algal biomass at 
large volumes, e.g., by testing impacts of commercial fertilizers 
[ 113 ]. Very high nitrogen concentrations result in nitrite accumu-
lation and overall growth reduction in a bloom-forming  Microcystis  
species. CO 2 -enrichment under these conditions enhanced growth, 
suggesting that intracellular nitrite accumulation is linked to high 
external nitrate levels [ 114 ]. However, the direct observations 
from natural environments that high nutrient concentrations gen-
erally result in high productivity, have led to over-simplifi ed 
assumptions regarding algal cultures, without considering species-
specifi c impacts of types of nutrients, nutrient ratios, or impacts of 
different nutrients on biochemical composition. 

 High nitrogen levels, in principle, achieve increases in levels of 
proteins or other N-containing compounds, which, in red algae 
include proteinaceous phycobilins. Thus simple nutrient adjust-
ments and balances may be used to increase phycocyanin and phy-
coerythrin levels; both are compounds of commercial interest 
(e.g.,  37 ,  115 ). Alternatively, some responses to nutrient enhance-
ment and interactions with other environmental parameters can be 
utilized to optimize protein levels are species- and group-specifi c 
(e.g.,  116 ). Total protein levels can be directly and signifi cantly (up 
to 9.2-fold) enhanced by growing microalgae, e.g.,  Chlorella  sp., 
under different nutrient regimes [ 112 ], and the composition and 
levels of high-value polysaccharides of  Arthrospira / Spirulina  in 
batch culture were increased under nitrogen limitation [ 117 ]. 

 Lipid and fatty acid levels and composition may also be also 
modifi ed under environmental control including nutrient levels. 
Although most studies have concentrated on the impact of nitro-
gen on lipid and fatty acid levels (e.g.,  27 ,  118 ), they were shown 
to be modifi ed by different phosphorous regimes in the diatom 
 Phaeodactylum tricornutum  and the green alga  Dunaliella tertio-
lecta  [ 119 ]. Also fatty acid and lipid composition of some green 
algae were altered during N-starvation but such effects were not 
seen for Cyanobacteria (e.g.,  120 ). 

 Different nutrient combinations, including different levels and 
ratios of nitrogen and phosphate, as well as different nitrogen 
sources, were the subject of a detailed study to improve growth, 
life cycle development, and astaxanthin production in 
 Haematococcus pluvialis  [ 44 ] for optimized large-scale production. 
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In this instance, carotenoid production was stimulated by nitrogen 
starvation which, in turn, was enhanced by lower phosphate levels. 
Whilst overall fi ndings were comparable to reported positive 
impacts of nutrients on carotene formation for other green algae 
(e.g.,  Dunaliella  sp. [ 121 ]), results also indicated important strain- 
specifi c preferences for nitrogen source. Silica defi ciency also infl u-
enced lipid composition in some diatom species [ 122 ] but such 
effects would not be expected for other algal groups with a lower 
demand for silica. Overall these examples illustrate the importance 
of nutrient source-, species- and even strain-specifi c studies with 
regard to optimized compound production.  

   Besides the obvious impacts of temperature on microalgal growth 
and productivity, with different microalgal species or strains exhib-
iting temperature optima according to their origin, growth tem-
peratures induce physiological changes in a range of species; e.g., 
reduced temperature resulted in changes in commercially value 
components, including fatty acids and tocopherols, in  Porphyridium  
[ 123 ]. Similarly, combined impacts of temperature and light (not 
unexpectedly) have been observed in Cyanobacteria (e.g.,  102 ), 
but both extreme high and low temperatures had negative effects 
on phycobilin levels, irrespective of growth irradiance. 

 As for other compounds of interest, the production of pro-
teins, lipids, and phenolic compounds by  Arthrospira / Spirulina 
platensis  did not occur at their optimum growth rates, but at higher 
temperatures, suggesting a compromise between optimum pro-
duction of biomass and that of desired compounds needs to be 
achieved under commercial conditions [ 27 ,  118 ].  

   Impacts of salinity on the biochemical composition are particularly 
important in open pond or tank cultivation where evaporation can 
cause fl uctuations in salinity, for example where halophilic species 
such as  Dunaliella salina  are grown, and where compounds of 
interest are specifi cally stimulated under salinity stress (e.g., fatty 
acids [ 124 ]; pigments [ 101 ]). The genus  Dunaliella  is probably 
one of the most intensely studied microalgal groups with respect to 
impacts of salinity (for review  see   125 ); this is due to the ability of 
some species to grow at high salinities and produce high levels of 
β-carotene (up to 10 % dry weight), glycerol, and proteins under 
nitrogen defi ciency, high light, and high salinity, making them 
ideal candidates for large outdoor cultivation in hot climates. 
Salinity fl uctuations can induce specifi c proteins and enzymes 
[ 126 ], and some  Dunaliella  species accumulate glycerol to coun-
teract osmotic stress [ 101 ]. Impacts of salinity on biochemical 
composition, in combination with other environmental factors, are 
also reported for other green algae [ 127 ] and diatoms [ 128 ].  

4.4.3  Temperature

4.4.4  Salinity
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   Whilst photoautotrophic microalgae largely rely on an external 
supply of inorganic carbon for photosynthesis, in some diatoms 
including  Nitzschia inconspicuosa  biomass production was 
enhanced when algae were provided with an exogenous carbon 
source as well as CO 2 , with the resultant acetate and fatty acid 
composition dependent on the carbon source [ 129 ]. The potential 
of using algae to sequester CO 2  from the atmosphere in large-scale 
cultivation to mitigate enhanced atmospheric CO 2  concentrations 
has received a lot of attention (e.g.,  103 ,  130 ). It is viable only 
where large-scale production is still economically viable, thus 
demanding that either little additional energy input is needed, or 
that other high value products, ideally other than biofuel, can be 
produced. Similar to other current biotechnological constraints, 
algal species that effi ciently uptake carbon do not necessarily fulfi l 
the other criteria outlined above. Whilst the prospects for bioengi-
neering are promising in this fi eld, signifi cant progress has also 
been made using naturally rather than genetically modifi ed species 
which, theoretically, may have a greater variety of future applica-
tions. For example, using extremely high CO 2  concentrations 
under otherwise naturally high light photosynthetic changes in 
 Chlorella minutissima  have been induced resulting in higher bio-
mass production [ 131 ]. Such research highlights that the physio-
logical acclimation to high CO 2  levels would be advantageous for 
CO 2  sequestration under otherwise natural conditions: such sys-
tem could be applied as a truly environmentally friendly carbon 
trap provided that a use can be found for the biomass produced. 
Another example is  Dunaliella  sp.: production at 5–10 % CO 2  sup-
ply resulted in increased biomass and lipid content and a different 
lipid composition [ 132 ].  

   No environmental parameter affects algal growth and chemical 
composition in isolation; although light, temperature, and nutrient 
regimes infl uence growth and productivity by directly affecting 
photosynthesis through light absorption and enzymatic processes, 
their combined impacts on biochemical pathways and the resulting 
bioactive composition are less well defi ned. Until recently, combi-
natorial effects have received less attention since frequently only 
algal cell size, cell number, or biomass were measured with bio-
mass, rather than compound production, being the central aim. 

 Commonly interactive effects of essential parameters have been 
investigated to identify growth limiting factors or differentiate 
between adaptations of different species. A wealth of research has 
also been conducted to study impacts of light, nutrient, tempera-
ture, and salinity on selected algal species or strains of commercial 
value. However, given existing algal diversity, intraspecifi c and 
strain-specifi c responses, as well as the ability of cultures to adapt 
to different conditions, the available knowledge for commercial 
exploitation is more limited than might be anticipated. 

4.4.5  Carbon Source 
and Level

4.4.6  Interactive Effects 
of Culture Conditions
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Consideration of interactive effects on the biochemical  composition 
of different microalgae is particularly important where multiple 
uses or end-products are sought. As an example, whilst CO 2  levels 
and temperature interact positively to affect growth of the diatom 
 Chaetoceros  cf.  wighamii  in culture, lipid and carbohydrate con-
tents were higher at lower temperatures, and there was no impact 
on proteins; on the other hand, elevated CO 2  levels increased pro-
tein but not carbohydrate contents, and salinity enhanced carbohy-
drates, but not lipids or proteins [ 128 ]. Also, specifi c lipid 
composition and fatty acid accumulation could be enhanced by a 
specifi c nitrogen and carbon enrichment regime [ 133 ] indicating 
the need for careful consideration of chosen end products with 
regard to optimum culture conditions, rather than maximum bio-
mass production. Interactive effects of light, salinity, and nutrients 
on β-carotene production of different  Dunaliella  spp. have received 
signifi cant attention in light of the economic interest in the genus 
[ 101 ]. Another example is the defi nition of optimum growth and 
compound production by different dinofl agellates under different 
light and nutrients; as might be anticipated, UV-related responses 
varied signifi cantly between species [ 134 ]. 

 Although fundamental relationships between for example irra-
diance and carbohydrate vs. nitrogen and protein levels have been 
established, in principle, for decades, assessment of in-depth com-
position requires further attention, particularly with regard to spe-
cies- or strain-specifi c responses and physiological adaptations 
under different culture conditions. When multiple compound pro-
duction is the objective, some compromises may be unavoidable; 
for example, carbohydrate, exopolysaccharide, and chlorophyll 
concentrations in  Chroomonas  sp. responded positively to nutrient 
enrichment, but carotenoid and protein levels and cell numbers 
were unaffected [ 135 ]. Commonly, overall culture productivity in 
terms of cell number or algal biomass is suboptimal at increased 
compound production due to the biological functions of the dif-
ferent compounds. Interactive impacts of combinations of envi-
ronmental parameters (e.g., temperature, salinity, and CO 2  regimes 
on growth rates vs. protein, carbohydrate, and lipid contents 
[ 128 ]), need to be taken into account but can also be utilized for 
targeted production. 

 More fundamental research into establishing basic relation-
ships between biomass to compound ratios is still needed. The 
selected growth conditions for algal production need to take into 
account the strain-specifi c relationship between biomass (or cell 
number) and compound production, e.g., when growth rates are 
inversely related to desired compound production (e.g., [ 103 ]). 
Such knowledge is required for some species that are currently cul-
tivated but also when considering the new opportunities for future 
utilization based on the wider algal biodiversity available. Recent 
advances in microalgal cultivation demonstrate that a better 
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understanding of processes and functions of different compounds 
in different species and strains will allow more effi cient choice of 
culture parameters. 

 The current increase in interest in novel products from algae in 
biotechnology demands sustainable supplies of algal resources. 
Recent advances in cultivation methods for maximum biomass 
production have been made but research also highlights the poten-
tial for exploiting specifi c algal physiological tolerances and bio-
chemical responses to environmental stimuli to optimize compound 
production for high value products; the fact that such responses 
are group-, species-, or even strain-specifi c can be considered either 
a hindrance, or an opportunity.    

5    Current Trends in Algal Biotechnology: Tools Available 

 Applications of molecular biology to support the mining of algal 
biomass for valuable compounds may be based on a range of pro-
cesses, but generally involves genetic characterization of the source 
materials (including both wild and cultivated stocks). While the 
genomes of only few (in comparison to the diversity available) algal 
species have been fully sequenced, the identifi cation of specifi c 
genes and the elucidation of metabolic pathways involved in the 
biosynthesis of the desired product seem mandatory. Proteomic 
and transcriptomic approaches thus represent essential compo-
nents of the development of different genetic engineering 
approaches for natural products, although in comparison to micro-
bial, microalgal or plant biomass, such options remain limited for 
marine macroalgae. 

   Different approaches to genetic improvement of algal biomass for 
commercial applications, whether for high value products or bio-
energy production, are of increasing interest to provide sustain-
able, high value, consistent, and safe biomass for the multiple uses 
that algae offer. In addition to facilitating product improvement by 
growing algae under specifi c environmental conditions to induce 
the production of the desired compound/s, several levels of genetic 
improvement can also, at least theoretically, be accomplished by 
modifying their genome. Such methods are commonly used in 
domestic animals and food crops. However, the feasibility, practi-
cality and safety of applying such methods to algae requires further 
development, and careful scrutiny applied to different organisms 
and cultivation systems. Different levels of genetic modifi cations 
can be realized, ranging from cloning and strain selection, hybrid-
ization, to genetic engineering and targeted genetic modifi cation. 
Whilst strain selection followed by cloning is a commonly adopted 
method for both on-land [ 76 ] and open-shore cultivation [ 136 ] 
for high value food species and carrageenophytes, respectively, 

5.1  Breeding 
and “Domestication” 
of Algae?
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compared to plants, few algal species (both macro- and micro-) 
have been successfully transformed. 

 Traditionally strain selection and hybridization have been used 
as tools for developing more resistant and valuable seaweed crops. 
Through long-term breeding programs, particular strains with 
favorable traits have been created; these include resistance to 
pathogens as well as environmental extremes (e.g., temperature 
and salinity), and food quality [ 137 ]. Thus, in contrast to the man-
ifold examples of animal- and plant-domestication for human food 
applications, and despite the long tradition of algal uses as food, in 
particular in south East Asia, progress on the domestication of 
algae has been restricted to a small number of species, including 
 Saccharina/Laminaria japonica ,  Porphyra , and  Pyropia  spp. The 
complexity of the life cycle of commercially valuable macroalgae, 
particularly that of Nori species, has hindered development of 
large-scale cultivation in the west, but also resulted in a large range 
of genetically differing strains and varieties now commonly used in 
the Far East. Signifi cant progress has been made in the breeding 
and hybridization of  Pyropia/Porphyra  and  Saccharina/Laminaria  
strains which are grown commercially in China [ 138 ,  139 ]. 

 Molecular techniques such as random amplifi ed polymorphic 
DNA (RAPD) and amplifi ed fragment length polymorphism 
(AFLP) have revealed, and enabled differentiation between, the 
many commercially grown  Porphyra  strains [ 138 ]. Detailed DNA 
fi ngerprinting of currently exploited strains is also underway and 
will allow identifi cation and protection of pure  Pyropia / Porphyra  
lines [ 140 ]. Investigation of species currently cultivated in Japan 
has revealed that intensive breeding of strains that were originally 
considered a mixture of  Pyropia tenera  and  P. yezoenzis  reduced 
genetic diversity [ 141 ]. In several studies, Chinese  Saccharina/
Laminaria  populations have been examined by molecular tech-
niques (e.g.,  142 ) and related to their environmental tolerance 
characteristics with a view to identifying new sources for genetic 
breeding of environmentally tolerant hybrids. Many new varieties 
of  Saccharina  spp. and  Undaria pinnatifi da  have been breed over 
the last 50 years and are now grown in the wild, and some “elite” 
crops currently grown in China [ 139 ,  143 ] are interspecifc hybrids 
between  S. japonica  and  S. longissima  artifi cially bred in culture.  

   While the genomes of just over 20 algal (mostly microalgal) species 
have been fully sequenced, the phylogenetic diversity of algal taxa 
is far greater than that of vascular plants, and also encompasses 
wide genotypic plasticity and the occurrence of many strains within 
single species, as well as their complex life cycles which usually 
involve several generations. Several attempts have been made to 
genetically modify seaweeds (largely  Saccharina / Laminaria  and 
 Pyropia/Porphyra  species) and microalgae. However, in compari-
son to terrestrial plant biotechnology including genetic 

5.2  Genetic 
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engineering, limited progress has been made in applying genetic 
modifi cation (GM) technologies to algae. Considering the vast 
taxonomic and genetic diversity, especially of microalgae, com-
pared to plant diversity, the number of species for which methods 
for GM have successfully been developed is minute. However, 
exponentially increasing research outputs can be anticipated given 
the technological developments. 

 Future successes of algal genetic engineering, and particularly 
that of seaweeds with complex multi-stage life cycles, will require 
the development of new vectors and specifi c transformation meth-
ods suitable for seaweeds [ 144 ,  145 ]. In contrast genetic transfor-
mation of microalgae which has been successful for about 30 
strains [ 146 ], many belonging to the “model” organisms 
 Chlamydomonas, Chlorella ,  Dunaliella salina  (Chlorophyta; e.g., 
 147 ) and diatoms such as  Thallasiosira  (Bacillariophyceae  148 ). 
Genomes of seaweeds are large and complications arise from com-
plex life cycles, and large diversity of strains within species, and the 
presence of bacterial symbionts (e.g.,  149 ). Transformation meth-
ods for commonly used plants have yielded limited success in sea-
weeds. Techniques based on particle bombardment, 
electroporation, and use of glass beads have largely been success-
ful. However, other commonly used methods for transforming 
plants for example using  Agrobacterium  or viruses are less easily 
applied to algae; the latter (amongst other constraints) due to 
more complex interactions between algae and viruses and com-
monly lethal effects of infections in algae. It may be anticipated 
that the application of transposons routinely used in food plants, 
may represent a route forward [ 144 ]. 

 Gene regulation for key enzymes involved in biosynthesis of 
high value compounds is poorly understood despite signifi cant 
research on processes to enhance biofuel production by microalgae 
[ 145 ,  146 ] by greater and specifi c lipid accumulation suitable for 
applications as biodiesel, biohydrogen production, and more effi -
cient photosynthesis for higher productivity rates (e.g.,  80 ,  150 ). 
Compared to macroalgae, transcriptomic analyses have been more 
commonly applied to microalgae over several decades ( see   151 ), 
and are currently subject of a large, integrated multi-institutional 
scale investigation via the Marine Microbial Eukaryote 
Transcriptome Sequencing Project [ 152 ]. 

 With further developments and progress on transformed algae, 
cultivation methods for genetically modifi ed algae need to be 
reconsidered since they pose a potential threat to aquatic ecosys-
tem biodiversity. For example the open-water cultivation of GM 
algae, as may be anticipated if successful for food species such as 
 Porphyra  or kelps, raises concerns regarding biosafety due to the far 
less controllable aquatic systems where potential escapes and their 
subsequent dispersal will be diffi cult to manage. Additionally, the 
complex life cycles of many species which have resulted already in 
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the interbreeding of cultivated strains in open water, again increase 
the risk of cross-contamination and spread of GM materials in the 
environment. 

 Amongst the few macroalgal species that have been fully 
sequenced, knowledge of the genome of the fi lamentous brown 
macroalga  Ectocarpus siliculosus  [ 153 ] has triggered signifi cant 
detailed genetic insights so far unprecedented for other macroalgae 
(e.g.,  154 ,  155 ). Advances in sequencing capabilities coupled with 
decreasing sequencing costs extended to algae have led to recent 
promising progress in algal transcriptomics, when assessing algal 
responses to external cues; for gene expression patterns under 
environmental or biotic stress scenarios, light or grazing stress in 
kelps have been described. For example, Konotchik et al. [ 156 ] 
assessed expressed sequence tags in  Macrocystis pyrifera  blades 
grown under different light regimes which suggests that light is an 
important regulator for gene expression that allows small-scale and 
temporal acclimations of the blade to changing regimes. As further 
examples of an increasing research activity in this fi eld, Leblanc 
et al. [ 157 ] identifi ed defense-related gene transcripts for molecu-
lar responses of kelps to grazing, and Cosse et al. [ 158 ] reported 
defenses against pathogens. Several further studies have examined 
gene expression in economically valuable crop species (e.g.,  159 , 
 160 ). Such information, in addition to the knowledge of the bio-
logical function of valuable compounds will underpin potential 
genetic or metabolic engineering of natural products in future 
commercial development.  

   The concept of synthetic biology has lately been extended to algae, 
and has been proposed as a way forward for example by using algal 
cells as factories for desired compounds after targeted genetic 
modifi cation [ 146 ,  161 ], in particular in biofuel research, where 
current algal production capabilities are below the threshold of 
economic feasibility. 

 Following recent developments in plant and microbial bio-
technology (e.g.,  162 ,  163 ), the concept of “molecular pharming” 
which uses genetically modifi ed plants or microbes to produce 
valuable proteins such as mammalian antibodies and vaccines and 
other therapeutic substances has recently been incorporated into 
algal biotechnology (e.g.,  164 – 166 ) as eukaryotic algae might be 
considered as safe as plants since they are generally free from human 
pathogens. So far progress has been hindered largely by a lack of 
available technologies to achieve algal transformation [ 145 ]. 
However, genetic tools for algal transformation are in develop-
ment and likely to make an important contribution to algal 
biotechnology.  

   Another approach to increase the yield of valuable bioactive com-
pounds that are naturally produced by algae only in small 

5.3  Synthetic 
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quantities is synthetic engineering of interesting molecules identi-
fi ed from natural sources, including marine algae. Clearly such an 
approach is expensive and time-consuming; however, it has 
 potential after structural elucidation of promising bioactive com-
pounds that are of interest to industry (in particular to pharmaceu-
tical industries), and where biomass production and related 
compound yields are limiting and failing to meet market demand. 
Structural identifi cation of potent compounds is essential where 
commercial exploitation, e.g., in pharmaceutics, is likely. So far 
most new drugs under development, based on compounds isolated 
from marine sources, are derived from bacteria or invertebrates 
[ 167 ], even though the fi eld of algal biodiscovery is highly active 
and productive. To overcome the low yields of compounds which 
naturally occur at low levels in natural marine resources including 
algae, synthetic chemistry has created interest in particular where it 
is either too expensive or not feasible to cultivate and mass produce 
the organism of interest, as an alternative approach to synthetic 
biology. Total synthesis of algal compounds has been achieved on 
a number of instances following signifi cant research efforts, in par-
ticular focussing on compounds isolated from the genus  Laurencia  
(e.g.,  168 ). On the other hand, progress in analytical technologies 
has also revealed that a range of compounds described over the last 
few decades were mistakenly structurally assigned [ 169 ] suggest-
ing that more reliable results can be expected in the future.   

6    Conclusions 

 Despite the signifi cant global progress which has further outlined 
the potential of algal biomass as a source of natural products, some 
challenges remain and further research needs can be recognized. 
Signifi cant gaps exist concerning biomass supply but also in the 
taming, enhancement, and simulation of compounds biosynthesis 
applying some of the biotechnological approaches described above. 

 The commonly used metaphoric description of algal biomass 
as an “untapped resource” implies that once the appropriate valve 
is identifi ed and unlocked, natural products and associated benefi ts 
to the economy and human well-being, as well as fi nancial gain, 
will fl ow. Staying with this metaphor, however, there is no bottom-
less tank fi lled with algal biomass or useful chemicals ripe for 
exploitation once the appropriate products have been developed. 
Rather, the sustainability of algal biomass, whether from wild 
stocks or cultivated, and the production of valuable metabolites 
through novel biotechnological processes, including metabolic 
engineering, requires signifi cant further attention. While algae are 
playing an increasing important role in our lives, there will be no 
quick-fi x for the current global challenges. 
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 Demand for biomass for commercial applications is unlikely to 
be met, in the short-term for any, and in the long-term not for all, 
applications by either wild or cultivated sources, so that a major 
bottleneck remains regarding the sustainable supply for safe appli-
cations. Successful exploitation of the many opportunities that 
exist for the multiple, currently emerging applications of algae will 
require a critical assessment of biomass supply and will need to 
reckon with algal complexity which is so far only poorly described. 

 Further research needs to focus on sustainable harvesting and 
economic cultivation procedures:

 ●    Critical assessment of harvesting regimes and a better under-
standing natural local populations dynamics of macroalgae  

 ●   Novel and product-specifi c cultivation techniques including 
land-based cultivation  

 ●   Cost and energy-effi ciency of cultivation and harvesting pro-
cesses to make it economically viable with regard to end- 
product value and consumer safety    

 Developments are required for new extraction and purifi cation 
techniques, detection methods to better characterize algal 
resources. Continued technological progress will achieve new dis-
coveries and an improved understanding of functional implications 
of the observed chemical diversity. Natural compound variability 
within algal biomass and stability during processing are likely to 
remain a major focus. In parallel, more detailed fundamental biol-
ogy is required to decipher the metabolic processes that control 
the levels and composition of compounds, and to link these to 
observed bioactivities within different groups of algae. 

 Some developments in high-tech processing for precise and 
effi cient extraction of valuable compounds are currently not con-
sidered economically viable and are unlikely to be up-scaled com-
mercially in the near future. On the other hand, some processes 
currently used by algal industries are recognized as unsuitable for 
yielding high-value products. Additionally source traceability and 
quality control of processes, including addressing environmental 
concerns, will be essential to ensure a high quality product that 
meets regulatory requirements and public and environmental 
safety. 

 Further research will need to explore the level of bioavailability 
of extracted compounds and their effi cacy, which may, in turn, be 
supported by chemical ecological knowledge. The many animal 
trials and human intervention studies, including clinical trials 
required, will demand long-term industrial investment to match 
the current, largely academic research, efforts funded from public 
monies. Recently increased public awareness and consumer accep-
tance of algal products may encourage private investment in fur-
ther market and product development. 
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 Given the complexity and diversity of algal biomass in terms of 
supply chain (including the issues outlined above such as algal che-
modiversity, biomass supply and stability), in the face of growing 
international interest in the valorization of algae, biotechnology 
will need to respond by addressing the many existing challenges in 
parallel approaches; research will need to cater for the development 
of several different pipelines that are likely to progress at different 
speeds. The intense biodiscovery investigations currently under-
way, with many new compounds and bioactivities having been 
described, in parallel with technological developments in screening 
(High Throughput Screening, new and faster assays, smaller sam-
ple quantities required for structural analysis), suggest a bright 
future for the discovery of new natural products with drug- 
development potential. However, the “valley of death” outlined by 
Gerwick and Moore [ 167 ] highlighting the dramatic reduction 
from a vast number of promising leads to a handful of commercial 
drugs, primarily resulting from lack of long-term investment, needs 
to be addressed. Other available “shorter routes” to commercial-
ization in the agri- horticultural, cosmetics and food markets may 
be more promising in the short- to medium-term. At the same 
time, research to ensure sustainable biomass supply is critical to 
support the many emerging branches of algal biotechnology and 
secure long-term prospects of the sectors. Consequently, public 
and private investment in algal biotechnology must address the 
multitude of research requirements regarding the complexity of 
sustainable algal biomass supply and facilitate an integrated devel-
opment of several application pipelines.     
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    Chapter 2   

 Structure and Function of Macroalgal Natural Products 

           Ryan     M.     Young    ,     Kathryn     M.     Schoenrock    ,     Jacqueline     L.     von     Salm    , 
    Charles     D.     Amsler    , and     Bill     J.     Baker    

    Abstract 

   Since the initial discovery of marine phyco-derived secondary metabolites in the 1950s there has been a 
rapid increase in the description of new algal natural products. These metabolites have multiple ecological 
roles as well as commercial value as potential drugs or lead compounds. With the emergence of resistance 
to our current arsenal of drugs as well as the development of new chemotherapies for currently untreatable 
diseases, new compounds must be sourced. As outlined in this chapter algae produce a diverse range of 
chemicals many of which have potential for the treatment of human affl ictions. 

 In this chapter we outline the classes of metabolites produced by this chemically rich group of organ-
isms as well as their respective ecological roles in the environment. Algae are found in nearly every environ-
ment on earth, with many of these organisms possessing the ability to shape the ecosystem they inhabit. 
With current challenges to climate stability, understanding how these important organisms interact with 
their environment as well as one another might afford better insight into how they respond to a changing 
climate.  

  Key words     Chemical ecology  ,   Macroalgae  ,   Natural products  ,   Secondary metabolites  

1      Introduction 

 Fun fact: amongst more than 24,000 marine natural products rep-
resented in MarinLit [ 1 ], the industry standard database for such 
compounds, those with the greatest proportion of halogenation by 
weight are derived from algae. Marine algae are well recognized as 
producers of polyhalogenated compounds, though some of the most 
biologically signifi cant algal products lack halogenation. Nonetheless, 
with several algal metabolites bearing 90 % or more of their mass in 
halogens, others with six or more halogen atoms, and one alga pro-
ducing the only marine product bearing bromine, chlorine and iodine 
on the same structure, this reputation is not undeserved. 

 Halogenated compounds and others present in algal tissues are 
presumably biosynthesized by the producing organism to increase 
its fi tness in its environment. Many algal compounds have been 
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found, for example, to deter feeding by predators, to reduce 
 competition for space or as settlement cues. Herein we present a 
brief review of secondary metabolites produced by eukaryotic mac-
roalgae, specifi cally belonging to Rhodophyta, Chlorophyta, and 
Phaeophyceae. Following the chemical synopsis is a discussion of 
the function of secondary metabolites in the ecology of the 
 producing organism.  

2    Algal Secondary Metabolites 

  A recent review recognized nearly 3,200 natural products from 
marine macroalgae, representing 13 % of compounds reported 
from marine organisms [ 2 ]. While marine algae continue to be a 
good resource for new compounds, overall reports of new metabo-
lites have recently decreased [ 2 ,  3 ]. Each algal group tends to pro-
duce its own unique chemistry. Greater than 50 % of all algal 
secondary metabolites are isoprenoids (e.g., terpenes, steroids, 
carotenoids, prenylated quinones and hydroquinones), followed 
by polyketides and shikimates, the two of which contribute a sig-
nifi cant number of aromatic natural products such as prenylated 
hydroquinones and tannins [ 2 ,  4 ]. Nitrogen-containing metabo-
lites, including non-ribosomal peptides and alkaloids, are the van-
ishingly rare in natural products of eukaryotic macroalgae. For 
simplicity in conceptualizing structural aspects of compounds dis-
cussed in this review as they relate to ecological function, it is orga-
nized into Isoprenoid Metabolites, Aliphatic Acetogenic 
Metabolites, Aromatic Metabolites, and Nitrogenous Macroalgal 
Natural Products. 

 The Rhodophyta are perhaps the most chemically rich group of 
all the algae in terms of both abundance and diversity, with nearly 
1,700 compounds reported to date [ 1 ]. Nearly all chemical classes 
of natural products are found in red algae; most remarkable is the 
number of halogenated secondary metabolites. Over 70 % of 
reported red algal natural products contain bromine, chlorine, or 
iodine, while only 11 % and 4 % of green and brown algal secondary 
metabolites contain these halogens, respectively [ 5 ]. The majority 
(57 %) of Rhodophyte chemistry is found in the Family 
Rhodomelaceae with approximately 85 % originating from the 
genus  Laurencia  [ 6 ]. Brown algae are well known for their produc-
tion of polyphenolic phlorotannins. Currently there are over 1,200 
compounds reported from brown algae (Phaeophyceae) with over 
a third coming from a single genus,  Dictyota.  The Chlorophyta are 
perhaps the least prolifi c producers of secondary metabolites 
amongst the macroalgae (ca. 270 compounds). Green algae have 
been reported to produce chemicals similar to those of red algae 
but lack the same degree of halogenation. Just short of half of all 
the reported green algal chemistry comes from the order 

2.1  Overview
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Bryopsidales, with over 85 % of that chemistry being terpenoid. 
Between 2011 and 2013, there were only a few reports of new 
compounds from green algae, all of which lack signifi cant structural 
diversity from known metabolites [ 3 ]. However, fungi associated 
with green algae had a large increase in new compound isolation.  

  For the purposes of this review, isoprenoids comprise the terpe-
noids and steroids. A signifi cant portion of algal chemistry derives 
from prenylated phenyl rings, but those compounds will be dis-
cussed below in Subheading  2.4 . 

 Terpenoids are a large class of organic compounds common to 
a wide range of organisms. Except for the rare class of hemiterpe-
noids, which derive biosynthetically from a single isoprene (C 5 ) 
unit, terpenoids are produced from condensation of multiple units 
of isoprene, building the carbon scaffold fi ve carbons at a time. 
Two, three, and four isoprene units, representing monoterpenes, 
sesquiterpenes, and diterpenes, respectively, are the most common. 
Almost 60 % of all marine natural products reported from algae are 
terpenoids, with the greatest number (nearly 50 %) of them found 
in Rhodophytes, though Phaeophytes contain approximately 36 % 
of all reported algal terpenoids [ 2 ]. 

 Steroids are derived from cholesterol via oxidation and other 
derivatization metabolism. They generally bear a C 27  tetracyclic 
structure, refl ecting three demethylation steps from a C 30  triterpe-
noid such as lanosterol. Side-chain methylation can increase the 
carbon count, but steroids remain distinct from triterpenes based 
on lack of the 4,4-gem dimethyl and 14-methyl group found on 
triterpenes [ 6 ]. 

  Common algal terpenoids are monoterpene (comprising two iso-
prene units, for a C 10  carbon backbone), sesquiterpene (three iso-
prene units, C 15  carbon backbone), and diterpene (four isoprene 
units, C 20  carbon backbone). Of these, monoterpenes are the rarest 
amongst macroalgae. Examples of monoterpenes include linear 
and cyclic halogenated monoterpenes, such as anverene [ 1 ],  epi - 
plocamene  D [ 2 ], and pyranoid [ 3 ] from the red alga  Plocamium 
cartilagineum , described with some interesting ecological implica-
tions in Subheading  3.5 . Amongst this group of monoterpenes, 
halomon [ 4 ], from  Portieria hornemannii , enjoyed considerable 
enthusiasm within the biomedical community as a selective antitu-
mor agent [ 7 ]. Interestingly,  P. hornemannii  was shown to pro-
duce a suite of related compounds many of which have comparable 
antitumor activity [ 8 ]. Because harvesting algal biomass from 
nature is not sustainable, several research groups have developed 
synthetic pathways for the production of  4  [ 9 ,  10 ]. While reports 
of monoterpenes from red algae number well over 200, 95 % of 
which are halogenated, green and brown algae have very limited 
monoterpene diversity. 

2.2  Isoprenoid 
Metabolites

2.2.1  Monoterpenes
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      Algal terpenes diversify signifi cantly amongst sesquiterpene and 
diterpene metabolites. Interestingly, red algae dominate the ses-
quiterpene class and brown algae the diterpene class. In both cases, 
the increased molecular size introduces increased complexity. 
Consider red algae sesquiterpenes with high oxygenation and poly-
cyclization, such as hydroxyaplysistatin [ 5 ], reported from 
 Laurencia fi liformis  and the intriguing tricycle perforatone [ 6 ], 
with four, fi ve, and six membered fused rings, from  Palisada  
( Laurencia )  perforata . Spirocycle elatol [ 7 ], which is reported 
from a number of  Laurencia  species [ 11 – 16 ] showed potent anti-
fouling activity against the larvae of the barnacle  Balanus amphi-
trite  [ 17 ,  18 ]. The brown algal sesquiterpenoids 11-epispathulenol 
[ 8 ], from  Taonia atomaria , is a rare example of a brown algal ses-
quiterpene. And while Chlorophytes lack signifi cant numbers of 
sesquiterpenes, those they produce are reminiscent of halogenated 
sesquiterpenes from Rhodophytes, such as neomeranol [ 9 ] from 
the green alga  Neomeris annulata . 
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      Brown algae dominate the diterpenoid class of terpenes, compris-
ing the largest single group of macroalgal natural products with 
nearly 500 representatives. Red algal diterpenoids are approxi-
mately one fourth as numerous, and are less common than either 
red algal monoterpenes or sesquiterpenes. Examples of red algal 
diterpenes include tetracyclic coronopifoliol [ 10 ] and oxatane pre-
vezol B [ 11 ], from  Sphaerococcus coronopifolius  and  Laurencia 
obtusa , respectively. The brown algal genus  Dictyota  is the major 
source of diterpenoids in this class, representatives of which include 
dictyolactone [ 12 ] and dictyoxetane [ 13 ]. Spatol [ 14 ], from 
 Spatoglossum schmittii , and dilospirane B [ 15 ], from  Dilophus spi-
ralis , illustrate examples characteristic of other phaeophyte genera. 
Both red and brown algae elaborate innumerable examples of 
diterpenoid–shikimate hybrids, or meroterpenoids, with chromene, 
hydroquinone, quinone, and similar aromatic functionalities, not 

2.2.2  Sesquiterpenes

2.2.3  Diterpenes
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to mention cyclic and polycyclic diterpene moieties. These are dis-
cussed further in Subheading  2.4.1  based on their structural simi-
larities to polyketide–shikimate hybrids. A key feature of both 
sesquiterpene and diterpene green algal metabolites is the 
1,4- dialdehyde function, often with the aldehyde function masked 
as acetals and/or enol acetates, as illustrated in chlorodesmin [ 16 ], 
from  Chlorodesmis fastigiata . Subheading  3.3  includes a discussion 
of such masked dialdehydes as activated defenses. 
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      Higher terpenes, including sesterterpenes, triterpenes, and even 
larger terpenes, are rare in algae. Nonetheless, there are some 
structurally interesting higher terpenes. Consider, for example, the 
series of more than four dozen triterpene polyethers from  Laurencia  
spp. and  Chondria armata , such as thyrsiferol [ 17 ] and amatol E 
[ 18 ]. The C 40  dictyotadimer [ 19 ] is certainly among the largest of 
the algal terpenoids, along with innumerable C 40  carotenoids 
found in brown and green algae [ 1 ]. 
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      Steroids and steroid-like triterpenes are found in all three groups of 
macroalgae. Red algae produce a number of ecdysteroid-like mol-
ecules, such as pinnasterol [ 19 ], from  Laurencia pinnata , which 
may serve the same role as phytoecdysteroids, found in  angiosperms, 
in controlling herbivory from molting predators. Brown and green 
algae produce very similar oxidized sterols which may also act as 
phytoecdysteroids, e.g., the cathasterone [ 20 ] from the brown 

2.2.4  Higher Terpenes

2.2.5  Steroids
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alga  Polycladia  ( Cystoseira )  myrica . Red and green algae both 
 elaborate lanosterol-based sulfonated triterpenoids, such as  21 , 
from the green alga  Tydemania expeditionis  [ 20 ]. 
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       The second largest group of natural products from macroalgae are 
based on repeating C 2  acetate units (=acetogenin), Taken with iso-
prenoids, which also have acetate in their genesis, nearly 80 % of 
macroalgal natural products derive from acetate. In this section, we 
will address aliphatic acetogenins in three groups, refl ecting struc-
tural and functional similarities: the C 15  acetogenins from the 
Rhodophyta, C 11  oxylipin pheromones from the Phaeophyceae, 
and other aliphatic polyketides including macrolides and larger 
oxylipins from all three macroalgal groups. Polyketides, strictly, are 
biosynthesized in polyketide synthase modules. However, many 
secondary metabolites from macroalgae that bear polyketide-like 
features undoubtedly originate from fatty acid starting materials, 
which are biosynthesized by fatty acid synthase enzymes. This 
review does not distinguish between the two since the focus is on 
their structure and function. 

  Deriving from the corresponding polyunsaturated C 16  fatty acid via 
decarboxylation, laurencenyne [ 22 ], originally discovered in 
 Laurencia okamurae  [ 21 ], may serve as the precursor to all of the 
red algal C 15  acetogenins [ 22 – 24 ]. Examples of the diversity in this 
class of compounds include those containing allene moieties, such 
as okamurallene and obtusallene IV [ 23 ,  24 ] from  Laurencia 
intricata  and  L. obtusa , respectively [ 25 – 27 ], the polyether obtusin 
[ 25 ] from  L. obtusa  [ 28 ], as well as the more common enyne, such 
as maneonene [ 26 ] from  L. obtusa  [ 29 ]. A hypothesis for the bio-
synthetic origin of the obtusallene family of terpenes was proposed 
by Braddock [ 30 ] based on a series of electrophilic bromination 
events. Algal predators, such as molluscs [ 31 ] and amphipods [ 32 ], 
are known to sequester algal chemistry for their own defense [ 33 ]. 
The anaspidean herbivorous opisthobranch mollusc  Aplysia 
 dactylomela , has been proposed to sequester obtusallene IV from 
its algal diet and used by the mollusc to deter predation [ 25 ]. 

2.3  Aliphatic 
Acetogenic 
Metabolites

2.3.1  C 15  Acetogenins 
from the Rhodophyta

Ryan M. Young et al.
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      Gametes of brown algae disperse pheromones to attract sperm to 
egg. To date, approximately a dozen pheromone structures have 
been identifi ed, including a number of isomeric forms. With few 
exceptions (e.g., Fucales), these metabolites are degraded fatty 
acids bearing 11 carbon linear or mono-carbocyclic structures. The 
fi rst such pheromone to be characterized was ectocarpene [ 27 ] 
[ 34 ], from  Ectocarpus siliculosus , though that was later identifi ed as 
a thermal rearrangement product of pre-ectocarpene [ 28 ] [ 35 ]. 
Other than several examples of epoxides, as observed in lamoxi-
rene [ 29 ] from  Laminaria digitata  [ 36 ] and other species [ 37 ], 
structural diversity of the pheromones is largely captured in these 
three structures. These compounds are discussed in more detail in 
Subheading  3.2 . 
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      Aliphatic polyketides in the traditional sense of macrolides, poly-
ethers and related extended carbon backbones are rare in macroal-
gae, though many examples of smaller, simpler, polyketides have 
been reported. Two examples from the macrolide family of 
polyketides are noteworthy. Lobophorolide [ 30 ], from the brown 
alga  Lobophora variegata , appears to protect the alga from attack 
by pathogenic and saprophytic marine fungi, displaying sub- 
micromolar activity against two strains of sympatric marine fungi, 

2.3.2  C 11  Oxylipin 
Pheromones 
from the Phaeophyceae

2.3.3  Other Polyketide or 
Fatty Acid C 2  Metabolites
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not to mention human HCT-116 colon cancer cells [ 38 ]. 
Polycavernoside, e.g.,  31 , is a potent toxin derived from the red 
alga  Gracilaria edulis  [ 39 ]. Despite repeated examples of human 
toxicity (e.g., [ 40 ]),  Gracilaria  remains a target of biotech devel-
opment for nutraceuticals, pharmaceuticals, and other human-use 
applications [ 41 ]. 
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    Among the smaller, simpler, polyketides are some of the 
most halogenated natural products known, as alluded to in the 
introduction. The red alga  Asparagopsis taxiformis  was the 
first macroalga known to produce a suite of one- to four- 
carbon polyhalogenated hydrocarbons [ 42 ], including 
CHBrClI. Recent research shows the phenomenon of volatile 
halogenated organic compound (VHOC) production to be 
widespread [ 43 ,  44 ]. The per-brominated acetoxy propene 
[ 32 ], from  A. taxiformis  [ 45 ], is a good example of the degree 
of halogenation (89 % by weight) achieved in this series of 
compounds. Halogenated furanones, such as pulchralide [ 33 ] 
from the red alga  Delisea pulchra , serve as acylated homoser-
ine lactone mimics that regulate biofilm production through 
quorum sensing, reducing biofouling of surfaces [ 46 ,  47 ]. 
Pyranosylmagellanicus C [ 34 ], from the red alga  Ptilonia 
magellanica , is also thought to play a role in bacterial com-
munication [ 48 ]. Hybridalactone [ 35 ] from the red alga 
 Osmundea  ( Laurencia )  hybrida  [ 49 ], and constanolactone A 
[ 36 ] from the red alga  Constantinea simplex  [ 50 ], are exam-
ples of oxylipins from macroalgae. Hybridalactone was isolated 
from the antimicrobial extract of the algae and was the first 
marine oxylipin found with cyclopropane and macrolactone 
functionality. A biosynthetic pathway originating from eicosa-
pentaenoic acid has been proposed [ 51 ]. Due to the impor-
tance of postanoids in mammalian systems for homeostasis this 
class of compounds is of great pharmaceutical interest [ 52 ]. 
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        Three distinct groups of aromatic metabolites are found in macroal-
gae. The largest group, with over 300 metabolites, contains a phe-
nyl or quinone ring with a pendent alkyl chain comprising isoprene 
or acetate units. While brown algae dominate as the source of these 
hybrid metabolites, green algae have been reported with the occa-
sional terpene–acetogenin hybrid [ 1 ]. While both of the other two 
groups of aromatic metabolites are similar in number, at approxi-
mately 150 compounds each, the phlorotannins are limited to pha-
eophytes while the bromophenol group predominantly occurs in 
rhodophytes. Like acetogenins discussed above, chlorophytes have 
very few representatives amongst the aromatic metabolites. 

   Three structural motifs in this group of macroalgal compounds are 
similar based on chemical structure but differ biosynthetically. The 
two terpene-bearing motifs are meroterpenoids, mixing shikimate 
and/or acetate biosynthesis with terpene biosynthesis. 
Sargachromanol B [ 37 ], from the brown alga  Sargassum siliquas-
trum  [ 53 ], is an example of a chromene derived from a terpene- 
bearing shikimate metabolite. Terpene–shikimate hybrids are 
largely restricted to brown algae. A structurally related yet biosyn-
thetically distinct group of compounds can be represented by 
7-hydroxycymopochromanone [ 38 ] from the green alga  Cymopolia 
barbata  [ 54 ], which bears a terpene side chain attached to an ace-
togenic phenyl ring rather than the shikimate-derived phenyl ring 
of  37 . These terpene–acetogenin hybrids are distributed in both 
brown and green algae. The third motif that emerges, in brown 
algae again, is represented by spiralisone D [ 39 ], a resorcinol char-
acteristic of  Zonaria  spp. [ 55 ], in which both the phenyl ring and 
side chain are acetogenic. Resorcinols are known to protect the 
algae from microbial, epiphytic algae, and larval settling as well as 
predation [ 56 ]. 

2.4  Aromatic 
Metabolites

2.4.1  Alkylated Phenyl 
and Quinone Metabolites
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    Compounds  37 – 39  can be thought of as “type specimens”; 
however, with the exception of  39 , the structural diversity of 
alkylated phenyl and quinone meroterpenoids is much broader. 
For example, cyclic and polycyclic diterpenes can be found 
appended to the shikimate phenyl ring depicted in  37 . This is 
demonstrated in cystoseirol [ 40 ] [ 57 ], from the brown alga 
 Cystoseira mediterranea , or belearone [ 41 ], from  C. brachycarpa  
( C. balaerica ) [ 58 ]. In the absence of alkylation of the hydroqui-
none function (e.g.,  37 – 41 ), oxidation readily takes place to pro-
duce quinones, exemplifi ed by stypoquinoic acid [ 42 ], from 
 Stypopodium zonale  [ 59 ]. 
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      Phlorotannins are polyphenols based on polymerization of phlo-
roglucinol (1,3,5-trihydroxybenzene) which are exclusively 
found in brown algae. These compounds are predominantly 
stored within special vesicles called physodes and have been 
reported to aid in wound healing, herbivore deterrence, defense 
against microbial infection, metal ion chelation, UV protection 
and allelopathic activities [ 60 – 64 ]. Phlorotannins can be divided 
into six distinct groups based on the polymerization patterns of 
the phloroglucinol subunits. These include fucols (e.g., trifucol 
 43 ; [ 65 ]), phlorethols (e.g., triphlorethol  44 ; [ 66 ]), eckols (e.g., 
eckol  45 ; [ 67 ]), fuhalols (e.g., trifuhalol B  46 ; [ 68 ]), isofuhalols, 
and fucophlorethols (e.g., fucophlorethol B  47 ; [ 69 ]), though 
different polymerization patterns may be found in some of the 
larger polymers [ 1 ]. As with many marine compounds, halogena-
tion is not uncommon (e.g., chlorodifucol  48 ; [ 70 ,  71 ]). Unlike 
other natural products produced by this macroalgal group, 

2.4.2  Phlorotannins
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 polyphenolic compounds are found in higher concentrations in 
algae from temperate or polar waters than in tropical water [ 72 , 
 73 ]. Ecological functions of phlorotannins are discussed in more 
detail in Subheading  3 . 
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      A recent review described over 60 bromophenols, along with their 
biomedical activity [ 74 ]. This group of shikimate-derived metabo-
lites is found in all three macroalgal groups. Examples include 
diphenyl methylene [ 49 ] [ 75 ] and the structurally similar dibenzyl 
ether [ 50 ] [ 76 ]. While most structures are simple variations on 
mono- or di-phenyl ring systems, occasional highly oxidized and/
or cyclized members, such as colensolide A [ 51 ] [ 77 ], refl ect the 
diversity of macroalgal chemistry described in other sections dis-
cussed in this review. 
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2.4.3  Bromophenols
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       Nitrogen-bearing metabolites are rare in eukaryotic macroalgae: 
perhaps 3–5 % of all macroalgal natural products. Peptide natural 
products are oligomers based on condensation of amino acids. 
Such oligomers often bear features not found amongst traditional 
peptides and proteins, such as incorporation of  D -amino acids, 
hydroxylations, dehydrations, and ester linkages [ 1 ]. These com-
pounds were found to be uncoupled from ribosomal biosynthesis 
and lack requirement for mRNA. Their biosynthetic enzymes, 
non-ribosomal peptide synthetases (NRPS), resemble polyketide 
and terpene synthases in their modular arrangement and lack of 
fi delity to substrate, which often results in mixed-biosynthetic 
products, such as NRPS–PKS hybrids [ 78 ]. Only two macroalgae, 
possibly three, have been reported with peptide chemistry. 

 Alkaloids and mycosporin-like amino acids (MAAs) are the 
other noteworthy groups of nitrogen-bearing natural products. 
Alkaloids are about as rare in macroalgae as peptides. What distin-
guishes alkaloids is a basic nitrogen functional group, and in a strict 
classical sense they are derived from shikimate pathway amino acids 
(tryptophan, tyrosine, phenylalanine), though the term is now 
more often used loosely to describe natural products with amine 
functional groups [ 6 ]. MAAs are widely distributed in the marine 
realm [ 79 ]. They are characterized by a cyclohexenimine ring, 
often bearing an amino acid as the enamine portion of the mole-
cule, and approximately 20 different MAAs have been character-
ized [ 80 ]. They are widely regarded as serving the producing 
organisms as UV protectants, effi ciently absorbing biologically det-
rimental UV light from 310 to 360 nm (e.g., [ 81 ]). They are dis-
cussed in more detail in Subheading  3.3 . 

  Amongst the three groups of macroalgal peptides, the kahalalide 
series of depsipeptides, e.g., kahalalide F [ 52 ] [ 82 ,  83 ], were origi-
nally found from the mollusc  Elysia rufescens . Further investigation 
has shown that the molluscs sequester the kahalalides from their 
green algal diet  Bryopsis  sp. Kahalalide F especially has potent activ-
ity against a panel of human prostate and breast cancer [ 84 ]. After 
the successful completion of phase I clinical trial [ 85 ]  52  was 
entered in phase II trials [ 86 ]. Galaxamide [ 53 ], from the green 
alga  Galaxaura fi lamentosa , also displays impressive cytotoxicity, 
with in vitro antiproliferative activity toward renal and liver lines 
[ 87 ]. The third peptide presented here,  54 , is a member of the 
ceratospongamide series of cyclic peptides which originate from a 
red alga–sponge symbiosis [ 88 ]. It is not clear whether the sponge 
or the alga is the source of the peptide. 

2.5  Nitrogenous 
Macroalgal Natural 
Products

2.5.1  Macroalgal 
Peptides
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      Red and green macroalgae have been the source of several alkaloids 
which remain nonexistent among brown algae [ 1 ]. The oxazolylin-
dole ring system of martefragin A [ 55 ] is rare in nature and most 
commonly associated with  Streptomycetes  spp. [ 89 ]. In [ 55] , from 
the red alga  Martensia fragilis , inhibition of lipid peroxidation may 
well have a protective effect on the producing alga [ 90 ]. The oxa-
zoyl ring itself is unusual for its 2,5-disubstitution pattern, likely 
arising from oxidation of a dipeptide not unlike almazole C [ 56 ] 
from the red alga  Haraldiophyllum  sp. [ 91 ]. Neurotoxins from the 
kainic and domoic acid families of alkaloids, e.g., domoilactone A 
[ 57 ] [ 92 ], are broadly distributed amongst Rhodophytes, though 
some site specifi city has been noted [ 93 ]. A family of red pigments 
has been obtained from the green alga  Caulerpa  spp., including 
caulerpin [ 58 ] [ 94 ] and racemosins [ 95 ]. 

2.5.2  Alkaloids 
and MAAs
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    Red algae were amongst the fi rst organisms from which MAAs 
were reported, though now 87 % of marine taxa analyzed for MAAs 
have shown detectable levels [ 96 ]. Porphyra-334 [ 59 ] [ 97 ] and 
shinorine [ 60 ] [ 98 ], are examples of MAAs fi rst described from 
macroalgae (rhodophytes  Porphyra tenera  and  Chondrus yendoi , 
respectively). Garcia-Pichel et al. [ 99 ] estimated that MAAs absorb 
up to 30 % of photons from UVR, thus preventing this radiation 
from reaching vulnerable cytoplasmic elements. In two related 
studies, the photostability of this class of compounds was shown 
under a variety of conditions [ 100 ,  101 ].  See  Subheading  3.3  for 
discussion of MAAs as biological sunscreens.    

3     Ecological Roles of Algal Metabolites 

  Variability in algal defenses may be ascribed to many factors includ-
ing geographic differences in the presence or importance of biotic 
and abiotic factors which act as selective forces on the evolution of 
secondary metabolites. The bioactivity of a secondary metabolite in 
ecological interactions depends on its structure, which is shaped at 
least in part by the environmental infl uences affecting metabolism 
[ 102 ]. In this manner each environment uniquely molds the chemi-
cal diversity within the local organisms. Algae with broad geographic 
ranges may change concentration or composition of secondary 
metabolites in different habitats (e.g., the brown alga  Stypopodium 
zonale ) [ 103 – 105 ]. More commonly, large scale patterns are illusive 
due to the number of local factors that are likely to differentially 
select for secondary metabolite variation within and between algal 
classes [ 102 ,  106 ]. Latitudinal clines have been identifi ed in some 
compounds. For example  dimethylsulfonioproprionate (DMSP) 
concentration in green algae decreases with lower latitudes [ 107 ]. 

3.1  Geographical 
Variation in Algal 
Chemical Ecology
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Phlorotannin concentrations also vary with latitude in Indo-Pacifi c 
brown algae, but this is not observed in other regions [ 63 ]. Tropical 
species often have greater concentrations and more diversity of lipo-
philic compounds compared to temperate seaweeds, but temperate 
species have the largest diversity of compounds overall [ 108 ,  109 ]. 

 The fl ora of tropical reefs is often dominated by green and red 
algae. While diversity in marine fauna reaches a maximum on these 
reefs, fl oral diversity does not [ 109 ]. However, the chemical ecol-
ogy of tropical seaweeds has been well studied [ 109 ]. Faunal 
assemblages have a large impact on distribution and abundance of 
algae on tropical reefs [ 110 – 113 ], and many herbivore species are 
pantropical [ 109 ]. Perhaps because of broad species distributions, 
there are few specifi c herbivore–algae relationships on tropical reefs 
but herbivorous fi shes may drive selection for secondary metabo-
lites in reef algae [ 114 ]. There is some thought that tropical algae 
are better defended than their temperate counterparts [ 115 ]. 
Compounds from this region are structurally and biochemically 
diverse; predominantly terpenoids, acetogenins, and metabolites of 
mixed biosynthetic origin (meroterpenoids) [ 3 ]. A meta-analysis 
of metabolite diversity shows it peaks on temperate reefs, corre-
sponding with algal diversity, but relatively fewer studies have 
examined algal secondary metabolite roles in tropical seagrass beds, 
mangrove forests, and rocky shores, which may be rich sources of 
additional compounds [ 109 ]. 

 The large diversity of algae on temperate reefs is generated by 
small scale heterogeneity of habitat, seasonal growing conditions, 
depth gradients, regulation through trophic interaction and fre-
quent disturbances which can counteract competitive exclusion 
[ 116 ]. In some parts of the world these reefs are dominated by 
brown algae in the Order Laminariales (commonly called kelps) 
which can form large forests along coastlines. Defenses in temper-
ate algae may shape community structure, as herbivory in these 
reefs can wipe out local populations when unregulated [ 117 ]. 
One focus of algal chemical ecology research on these reefs is 
studies of the patterns of algal defenses, often focused on phloro-
tannin [ 43 – 48 ] concentrations [ 116 ]. 

 Algal diversity decreases in polar habitats, but biomass levels 
are still high, and in some parts of Antarctica they can mirror those 
seen in temperate kelp forests [ 118 ,  119 ]. Far more secondary 
metabolites have been identifi ed from Antarctic macroalgae [ 120 ] 
than from the Arctic [ 102 ], although 18 additional secondary 
metabolites are known from subarctic regions of the North Atlantic 
and North Pacifi c Oceans [ 3 ,  121 ]. Chemical defenses may play a 
role in observed unpalatability in only 2 of 17 Arctic macroalgae 
assayed at Spitsbergen, Norway [ 122 ]. By contrast, a majority of 
the macroalgal species tested in Antarctica are unpalatable to 
 sympatric herbivores and chemical defenses have been shown to be 
widespread [ 118 ,  123 – 127 ]. Known secondary metabolites from 
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Antarctic macroalgae include MAAs (e.g.,  59 ,  60 ) which defend 
against UV radiation [ 128 ] and a variety of volatile halogenated 
organic compounds (VHOCs; [ 129 ,  130 ]) for which ecological 
roles in Antarctica have not been established. Secondary metabo-
lites responsible for the widespread unpalatability of Antarctic mac-
roalgae include the halogenated monoterpenes anverene [ 1 ] and 
epi-plocamene D [ 2 ] which deter sympatric amphipod feeding 
[ 131 ] on the red alga  Plocamium cartilagineum , and several fura-
nones (e.g.,  33 ) produced by Antarctic  Delisea pulchra  [ 131 ] 
which are known to deter feeding in temperate herbivores [ 132 ]. 
The brown alga  Desmarestia menziesii  elaborates the meroterpe-
noid menzoquinone which deters sea star herbivores [ 131 ].  

   Sensory communication between organisms, and organisms chem-
ically sensing their environments, is a well-developed fi eld of chem-
ical ecology in terrestrial ecosystems. Communication involving 
marine algae remains relatively unexplored with the exception of a 
few well studied examples which include sensory communication 
in algal gametes [ 37 ,  63 ,  133 – 135 ] and between macroalgal spores 
and bacterial biofi lms [ 136 – 138 ]. A commonly studied aspect of 
sensory chemical ecology in terrestrial and freshwater environ-
ments is alarm cues. These have rarely been observed in marine 
algal community processes. Examples come from two species of 
intertidal brown algae,  Ascophyllum nodosum  and  Fucus vesiculosus. 
A. nodosum  produces defenses in the presence of grazing cues 
[ 139 ,  140 ], and, in turn, snail grazing attracts its fi sh and crab 
predators [ 141 ]. In  F. vesiculosus , waterborne cues increase neigh-
bors’ defenses when an individual is being consumed by an isopod 
herbivore [ 142 ]. 

 Pheromones involved in communication between male and 
female gametes are present in both marine brown algae and fresh-
water green algae [ 63 ,  116 ,  143 ,  144 ]. There are 12 known C 8  or 
C 11  hydrocarbon pheromones produced by female gametes in dif-
ferent groups of brown algae [ 145 ]. These include ectocarpene 
[ 27 ] and pre-ectocarpene [ 28 ] which is released by female gam-
etes of  Ectocarpus siliculosus  to attract male gametes via a complex 
chemokinetic behavior and lamoxirene, which is released by female 
gametes of  Laminaria digitata  to stimulate release of male gam-
etes and attract them via a direct chemotactic behavior [ 145 ]. 
Some of the same brown algal pheromones are produced by mature 
algae and they or their degradation products can also function as 
feeding deterrents [ 146 ]. 

 Algal spores are also known to sense their chemical and/or 
physicochemical environments during the process of selecting set-
tlement sites. Kelp spores can exhibit chemotaxis in response to 
nutrients (swimming either towards benefi cial concentrations or 
away from detrimental levels; [ 120 ,  147 ]), and can also increase 
settlement rates in the presence of benefi cial nutrients [ 148 ]. 

3.2  Sensory 
Chemical Ecology

Ryan M. Young et al.



55

Surface hydrophobicity can be an important cue during settlement 
of both brown and green algal spores [ 149 – 154 ]. Chemical com-
munication between bacterial biofi lms and macroalgae affects 
spore settlement in  Ulva  spp. [ 136 ] as do chemoattractants like 
fatty acids [ 155 ]. Green algal spores can “eavesdrop” on  N -acyl 
homoserine lactones (AHLs) released by bacteria as signaling mol-
ecules and are much more likely to settle when AHLs are present 
[ 137 ,  138 ]. The spores reduce swimming speed when close to 
AHL source if they are in contact with the surface [ 156 ]. AHLs 
produced by bacteria that grow on the surface of  Gracilaria chilen-
sis  can stimulate spore release in the red alga  Acrochaetium  sp. 
which grows epiphytically on  G. chilensis  [ 157 ,  158 ].  

     The line between sensory and defensive chemical ecology can be 
muddled [ 159 ,  160 ]. In this section we will discuss defenses against 
environmental stressors, biofoulers, pathogens, and herbivores. 
Defense systems arose early in the evolution of eukaryotes, and are 
conserved in the algae [ 157 ]. Innate immune systems are found in 
eukaryotes from algae to mammals, and include signaling cascades 
involving oxidative metabolism of polyunsaturated fatty acids in 
response to external stimuli such as pathogen or microbe associ-
ated molecular processes [ 161 ], leading to an oxidative burst 
response [ 162 ]. Algae that are known to elicit oxidative bursts, or 
reactive oxygen species (ROS), in response to pathogen cues 
include brown algal species in the Laminariales, Desmarestiales, 
Ectocarpales, and Fucales [ 163 ] and six red algal species within the 
Gracilariaceae [ 164 ]. Macroalgae can also produce ROS in response 
to wounding, including wounding caused by grazers [ 165 ]. Eleven 
of thirteen species of brown and red Antarctic macroalgae released 
ROS within a minute of wounding, accumulated ROS in tissues at 
the wound site within 70 min, or both [ 165 ]. It is likely that these 
responses are common in algae, perhaps in wounding signal trans-
duction as in the higher plants [ 162 ]. UV exposure, excess light, or 
temperature change can induce oxidative stress which is associated 
with the production of volatile halogenated organic compounds 
(VHOCs) that might act as defense against biofoulers, pathogens, 
or herbivores [ 162 ]. It has also been shown that some species syn-
thesize UV-absorbing compounds after an oxidative burst in 
response to infection [ 162 ]. 

 Light is an essential resource for all algae, but, depending on 
habitat, photosynthetically active radiation (PAR) is paired with 
potentially harmful ultraviolet radiation (UVR), including UV-A 
(400–315 nm) and UV-B (315–280 nm). UVR impacts macroal-
gal physiology and, therefore, can infl uence ecological interactions 
[ 166 ]. Compounds that absorb UV are found in algae over 20 µm 
in diameter [ 167 ] because while UV-A may stimulate compound 
production and repair processes in organisms occasionally initiat-
ing harmful secondary photoreactions [ 168 ], radiation from UV-B 

3.3  Defensive 
Chemical Ecology
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can be damaging. Damage to DNA and proteins directly [ 169 ] or 
through the production of toxic ROS such as superoxide (O 2  •− ), 
hydroxyl radical ( • OH – ) or hydrogen peroxide (H 2 O 2 ) ultimately 
results in oxidative stress of the cell [ 170 – 172 ]. The detrimental 
effects of UVR induced ROS in cyanobacteria include DNA, pro-
tein and lipid damage, photosynthesis inhibition, delay in cell dif-
ferentiation, motility impairment, lower growth rates, and 
decreased survivability [ 173 ]. High energetic UV-B radiation pos-
sesses the greatest potential for the direct damage to DNA and 
proteins, as well as the production of ROS [ 174 ]. MAAs are 
UV-protectants in red algae, where production is induced by low 
levels of UV-A and PAR [ 175 ]. Phlorotannins are UV-protectants 
in brown algae, and increase in concentration with increased UVR 
in some species [ 139 ,  176 ]. 

 Biofouling, or overgrowth by other organisms, is likely to 
occur for everything immersed in water [ 176 ,  177 ], and may be 
detrimental to the basal (host) species [ 178 ,  179 ]. Epibiota com-
pete with hosts for basic resources, can decrease growth and repro-
duction [ 180 ,  181 ], attract grazers [ 182 ], increase drag [ 183 ] and 
rigidity, and decrease buoyancy of the thallus [ 184 ]. In order to be 
effective, secondary metabolites or other antifouling compounds 
need to be present in biologically effective concentrations on the 
exterior of the alga where fouling organisms would make contact 
with the basal species, and the compounds must be present in bio-
logically effective concentrations [ 185 ]. Correspondingly, algal 
structures that are either known or hypothesized to produce deter-
rent compounds can be found on the exterior of thalli. These 
include corps en cerise in the outer cell layers of  Laurencia obtusa  
[ 186 ] and gland cells in  Delisea pulchra  and  Asparagopsis armata  
[ 187 ,  188 ]. Physodes in brown algae occur most often in the outer 
cells and may contain compounds with antifouling functions [ 63 ]. 
Antifouling compounds may be polar (constantly exuded into sur-
rounding waters) or lipophilic and may have other functions 
including defense against pathogens or herbivores. For example 
 Dictyota menstrualis  produces diterpenoids pachydictyol A [ 61 ] 
and dictyol E [ 62 ] at the thallus surface which inhibit bryozoan 
settlement at natural concentrations in addition to having anti- 
herbivore roles [ 189 ].  Ulva reticulata  releases a water soluble anti-
fouling compound which inhibits bryozoan and hydroid larval 
settlement [ 190 ]. Spores of the epi/endophytic fi lamentous brown 
alga,  Elachista antarctica  are repelled by and/or have their germi-
nation inhibited by compounds produced by sympatric red macro-
phytes with the exception of its only known host in nature, 
 Palmaria decipiens  [ 191 ]. 
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    Pathogens are a threat to macroalgae and resultant physiologi-
cal responses may be similar to those against biofouling. As with 
antifouling defenses, defenses against pathogens need to be pres-
ent on the exterior of thalli or at wound sites. Macroalgal defenses 
against pathogens have been the subject of several reviews [ 161 , 
 162 ,  192 – 194 ]. Examples include a tropical brown alga,  Lobophora 
variegata , which produces lobophoride ( 30 , a polycyclic macro-
lide) that inhibits fungal settlement and other pathogens [ 38 ] and 
the red alga  Callophycus serratus  which produces diterpene alco-
hols to inhibit fungal growth [ 195 ].  Delisea pulchra  produces fura-
nones (e.g.,  33 ) which function as both anti-pathogen and 
antifouling compounds by interfering with AHL signaling in bac-
teria and inhibit propagule attachment [ 159 ,  187 ,  196 ]. 

 In contrast to “inhibitors,” some algae produce “inducers” or 
settlement cues [ 185 ]. From a previous example,  Palmaria decipi-
ens  exudes a soluble compound that attracts spores of its epi/endo-
phyte  Elachista antarctica  and induces them to settle on it [ 191 ]. 
Most inducers are primary metabolites: water soluble, or large 
insoluble macromolecules with soluble components that act as 
functional cues [ 197 ]. A well-studied example of settlement induc-
ers are chemical cues from tropical crustose coralline algae and/or 
associated bacteria which increase recruitment of scleractinian coral 
larvae [ 198 – 201 ]. 

 The primary function of algal secondary metabolites is often 
assumed to be defense against herbivory [ 160 ]. Chemical defense 
can be effective but presumably requires energy or other resources 
that may be limited. Defenses may be produced constitutively or 
their production induced only when needed, and they may be 
produced profusely or localized to specifi c areas of the thallus. 
However, location of defenses does not always infer the cause of 
defense. Different aspects of defense occur on differing time 
scales and short-term vs. long-term responses may have different 
adaptive advantages. Short-term responses such as ROS, early 
signaling cascades, and gene transcription and translation will 
take place far before secondary metabolite synthesis, and trends 
in these defenses specifi cally need more attention [ 102 ]. Long-
term defensive responses such as secondary metabolite synthesis, 
transport, bioaccumulation, and secretion can be initiated by 
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quick responses [ 102 ,  202 ], highlighting the signifi cance of 
 classifying short-term responses. 

 Chemical defense theories allow researchers to test hypotheses 
in a broader context of the community and explain intra- or inter- 
species variation in defense allocation over time, space, or within/
between populations. Many models exist: the Optimal Defense 
Theory (ODT), the Growth-Differentiation Balance Hypothesis 
and the Carbon-Nutrient Balance Hypothesis all focus on intraspe-
cifi c variation, while the Resource Availability Model and the Plant 
Apparency Model focus on interspecifi c variation in more of an 
evolutionary context [ 63 ,  160 ]. Each of these theories makes 
assumptions about trade-offs and causality for chemical defense 
which are not discussed here ( see  [ 160 ]), but it should be noted 
that theories are not mutually exclusive [ 160 ]. The ODT is the 
most thoroughly studied defense model in marine macroalgae, and 
assumes that chemical defenses come at a cost to other functions 
(growth, reproduction, etc.) within an organism; therefore defenses 
should be energetically optimized (in space and time) to avoid 
impacting fi tness. The compounds most often studied under this 
model are phlorotannins [ 43 - 48 ] [ 160 ]. The Induced Defense 
Model is commonly considered a corollary of ODT [ 63 ,  160 , 
 203 ]. Induced defenses are only made once an alga has come under 
attack and consequently are presumed to have lower costs than 
defenses that are produced constitutively [ 204 ]. In addition, over-
all cost of defense may be lowered because it is not induced 
throughout a whole thallus [ 205 ]. However, induced defenses are 
likely to be selected for only in response to relatively small herbi-
vores that do not quickly consume the entire algal prey and only 
when herbivory is variable in space and/or time [ 206 ]. If herbiv-
ory is common and/or is executed by larger herbivores which 
would rapidly consume the host, constitutive production of 
defenses would be advantageous. Induced defenses in algae were 
fi rst reported in  Fucus distichus  where phlorotannin production 
was induced in response to natural and artifi cial grazing [ 207 ]. 
The brown algae remain the group in which induced defenses have 
most commonly been studied. 

 Activated defenses are a hybrid of these two defense strategies. 
In an activated defense, precursor compounds that are less toxic or 
otherwise bioactive and/or more stable than the fi nal defense 
compound are produced constitutively and then only activated to 
the more bioactive form when the alga is under attack. Examples 
of this strategy are found in tropical siphonous green algae (the 
calcifi ed  Halimeda  and fl eshy rhizoidal, often invasive,  Caulerpa ) 
where the diterpene halimedatetraacetate [ 63 ], bearing what is 
referred to as the masked dialdehyde (e.g.,  16 ) function, is trans-
formed by hydrolysis of those acetate groups to halimedatrial [ 64 ] 
[ 208 – 210 ]. Species that contain DMSP also exhibit activated 
defenses mechanisms. The green algae  Ulva  spp. produce 
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 dimethylsulfi de and acrylic acid from DMSP on wounding and 
these compounds act as feeding deterrents [ 211 ]. 

  
6463

CHO CHO
CHO

CHOH

AcO

OAc

OAc   

      Allelopathy between algae and sympatric organisms is also called 
interference competition [ 212 – 215 ]. This form of competition is 
common in freshwater systems [ 157 ,  215 ], can be extremely 
intense in all phyla of benthic marine organisms [ 116 ], and is pres-
ent amongst the phytoplankton [ 132 ]. Allelochemicals include 
those that have a negative impact on ecological interactions, as well 
as antifouling compounds [ 116 ]. Examples come from tropical 
and temperate reefs. On temperate reefs in the North Japan Sea a 
crustose coralline red algae  Lithophyllum  sp. exudes nonpolar sub-
stances that kill zoospores of the brown alga  Saccharina  
( Laminaria )  religiosa  [ 214 ]. Multiple allelopathic chemicals from 
 Lithophyllum yessoense  inhibit spore settlement in 14 of 17 macroal-
gal species and spore germination in 13 of the 17 species [ 216 ]. 
This alga also inhibits  Ulva  spp. settlement and may dictate mac-
roalgae distribution on the reefs [ 217 ]. On tropical reefs, a mono-
terpene from  Plocamium hamatum  causes tissue necrosis in soft 
corals upon physical contact [ 212 ], and corals lose symbionts when 
in contact with thalli or extracts of fi ve sympatric algae [ 218 ]. An 
antibacterial metabolite, the polyketide neurymenolide A [ 65 ], has 
been identifi ed as an allelopathic agent in the red alga  Phacelocarpus 
neurymenioides , and desorption electrospray ionization mass spec-
trometry showed highest concentrations of the compound on 
basal portions of the algal blades where they would be most vul-
nerable [ 219 ]. Also on tropical reefs, a lipid soluble allelochemical 
from seven common reef algae causes bleaching, a decrease in pho-
tosynthetic effi ciency, and even death in corals from the genus 
 Porites  [ 218 ]. This chemistry has further been identifi ed as two 
derivatives of a nor-sesquiterpene loliolide, in the red alga 
 Galaxaura fi lamentosa  and two acetylated diterpenes from the 
green alga  Chlorodesmis fastigiata  [ 220 ]. 
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       Secondary metabolites may have indirect effects on trophic cas-
cades [ 221 ] including carbon and nutrient cycling in the environ-
ment. Breakdown of chemically defended macroalgae once they 
enter detrital foodwebs may be slower than for undefended algae, 
because compounds selected for as other defenses in living algae 
may also deter bacterial community formation or metabolism 
[ 222 ], though that carbon does eventually become available to 
consumers [ 223 ]. An important example of secondary metabolite 
impacts on community dynamics comes from the urchin–sea otter–
kelp trophic cascade in the temperate waters of the Northern 
Pacifi c Ocean. Algae that grow at depth tend to have more anti- 
herbivory defenses than shallow-water species, possibly because sea 
otter foraging is limited by diving time, and therefore they are 
removing the grazer population in the shallows but not at depth 
[ 224 ]. Kelp-dominated reefs without keystone predators like the 
sea otter have fl oras with high phenolic content, like Southwestern 
Australia [ 224 ]. Algae-produced neurotoxins can also function in 
keystone roles, for example in red tide events which either cause 
mass die offs of sea urchins which then allow macroalgae to fl our-
ish [ 225 ], or impact sea otters, releasing benthic invertebrates 
from predation [ 226 ,  227 ]. 

 Herbivores may benefi t from macroalgal chemical defenses if 
they can sequester them for their own use. Until recently, this had 
only been observed in Opisthobranches [ 116 ,  228 ,  229 ]. These 
molluscs sequester secondary metabolites which may then be mod-
ifi ed and elaborated further at higher trophic levels [ 109 ,  230 ]. 
Their prey include sponges, red, green, and brown algae, and cya-
nobacteria whose chemistry includes mono-, di-, tri-, sesqui- 
terpenes, nitrogenous compounds, phenolics, halogenated 
furanones, and steroids [ 231 ,  232 ]. Recently, the Antarctic amphi-
pod  Paradexamine fi ssicauda  has been shown to consume the 
heavily defended red alga  Plocamium cartilagineum  and to seques-
ter halogenated defensive metabolites (e.g.,  2 ,  3 ) from the alga for 
use as defenses against predatory fi sh [ 32 ]. 

 Behavioral sequestration, or associational defense, is another 
way that other organisms may benefi t from algal secondary metab-
olites. Chemically defended algae can be biodiversity centers or 
“microsatellites of defense” [ 222 ] on tropical reefs where they can 
increase species richness [ 109 ,  114 ,  233 ]. Invertebrates can behav-
iorally exploit algal defensive chemistry by using the algae as a ref-
uge or covering [ 234 – 237 ]. Specifi c examples of behavioral 
sequestration include an amphipod,  Pseudamphithoides incurvari , 
which encloses itself in the defended brown alga  Dictyota bartayre-
siana  ( D. bartayresii ) as a protection from predation on Caribbean 
reefs [ 234 ], and sea urchins which cover themselves in red algae as 
a defense against their anemone predators in McMurdo Sound, 
Antarctica [ 236 ].  

3.5  Trophic 
Interactions
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  Secondary metabolite chemistry of an alga may also be modifi ed 
through association with other organisms. For example, the green 
algae  Ulva  spp. becomes unpalatable to sympatric gastropods when 
infected with the ascomycete fungus  Turgidosculum  sp. [ 238 ]. 
Similar relationships are often seen between grass and fungal endo-
phytes in terrestrial systems [ 239 – 241 ]. Approximately one-third 
of described marine fungi are associated with algae [ 242 ], with 
associations ranging from parasitic to facultative to obligate. 
However, coevolution of these associations is understudied, as is 
the impact of fungal symbionts on the chemical ecology and sec-
ondary metabolites of the host algae.  

  A variety of patterns in alternation between sporophyte and game-
tophyte stages occurs in the life histories of algae, and may have 
evolved for a variety of reasons. Selection pressures for mainte-
nance of complex life histories, such as heteromorphic stages, 
include herbivory and environmental stress [ 117 ]. Some isomor-
phic species have more subtle differences between sexual stages, 
including secondary metabolite chemistry [ 243 ,  244 ]. In 
 Asparagopsis armata , the female gametophytes (and the carpospo-
rophytes stage they support) have high levels of anti-herbivore 
defense in cystocarp walls and carpospores, while the male gameto-
phyte has low levels of defense, but high nutrient content and is 
readily consumed by its herbivore  Aplysia parvula  [ 244 ]. Another 
example is the rhodophyte  Mazzaella fl accida  where gametophytes 
are more palatable than sporophytes; reproductive tissues are con-
sumed over non-reproductive tissue due to water soluble chemicals 
[ 245 ].  

  Anthropogenic impacts to the marine environment include global 
warming, decrease in ozone layer (increased UVR light), ocean 
acidifi cation (increased pCO 2 ) and changes in water chemistry, 
change in ocean circulation patterns, sea level rise, and increased 
runoff [ 246 ]. Research to date shows mixed effects of climate 
change conditions on a variety of macroalgae [ 247 ], which is true 
too for marine invertebrates [ 248 ]. Most studies are limited in 
scope and few encompass impacts on community dynamics that 
would reveal shifts in chemical ecology of the organisms. One 
study shows that allelopathy between corals and tropical algae is 
enhanced in climate change conditions [ 249 ]. Other anthropo-
genic effects include changes in seaweed distribution through 
human transport and shifts in physical parameters such as nutrifi ca-
tion [ 250 ]. Invasive species like  Caulerpa  spp. or the red alga 
 Bonnemaisonia hamifera , which are chemically defended, may 
have an advantage over indigenous species because they produce 
novel weapons against herbivory in their new habitat (Novel 
Weapons Hypothesis; [ 251 ]), and they have the potential to alter 
structure and function of the invaded ecosystems [ 252 – 254 ]. 

3.6  Biotic 
Interactions

3.7  Life History 
Stages

3.8  Anthropogenic 
Impacts
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 Caulerpa  spp. specifi cally produces caulerpenyne [ 66 ] which can 
be toxic to fi sh and is unpalatable to urchins [ 255 ,  256 ], and  B. 
hamifera  produces a 1,1,3,3-tetrabromo-2-heptanone that deters 
herbivores [ 251 ] and provides an association refuge for generalist 
herbivores in the habitat [ 253 ]. These species are less consumed 
than native species which increases their success in invading new 
habitats. 
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4         Summary and Conclusion 

 Macroalgae produce a wide variety of both simple and complex 
natural products, many of which have been found with a functional 
role in ecology of the producing organism. We have tried to high-
light here how the phaeophytes, rhodophytes, and chlorophytes 
display distinct patterns of natural product diversity and use natural 
products in distinct roles. More importantly, these are exciting 
times, as advances in technology make the study of both the chem-
istry and ecology more sensitive and accurate. Taken with a rich 
accumulation of distribution data, both biological and chemical, 
from several decades of concerted study, we have a solid basis for 
data mining to help focus our advanced techniques. 

 Historically humans have utilized macroalgae both as a food 
source and medicinally (e.g., [ 257 ,  258 ]), because much like ter-
restrial plants, they are relatively easy to access and recognize. Since 
the initial discovery of marine algal products in the 1950s and 
1960s, there has been a rapid increase in the description of new 
algal natural products [ 2 ]. On a practical level, these metabolites 
have value as potential drugs or drug leads [ 259 ]. With the emer-
gence of drug resistance [ 260 ] to our current arsenal of  therapeutics 
as well as the need for development of new chemotherapies for 
currently untreatable diseases [ 261 ], new and diverse chemical 
entities are essential for the protection of human health [ 262 ]. 
However, in the context of global climate change, perhaps the 
strength of studies such as those described herein lies in fostering 
understanding of our environment. There is little doubt that natu-
ral products infl uence species distribution in a dynamic fashion, 
and that species distributions in turn infl uence natural product 
diversity (e.g., [ 263 ]). Thus, it is studies such as these that enable 
us to know when the environment is changing but also to know 
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why, so that we might take actions to remedy it. All the more 
 reason the further study of structure and function in macroalgal 
natural products is timely.     
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Spectrophotometric Assays of Major Compounds  
Extracted from Algae

Solène Connan

Abstract

This chapter describes spectrophotometric assays of major compounds extracted from microalgae and 
macroalgae, i.e., proteins, carbohydrates, pigments (chlorophylls, carotenoids, and phycobiliproteins) and 
phenolic compounds. In contrast to other specific analytical techniques, such as high pressure liquid chro-
matography (HPLC) or mass spectrometry (MS), commonly applied to purified extracts to reveal more 
detailed composition and structure of algal compound families, these assays serve as a first assessment of 
the global contents of extracts.

Key words Carbohydrates, Carotenoids, Chlorophylls, Phenolic compounds, Phycobiliproteins, 
Proteins, Spectrophotometry

1 Introduction

Many analytical techniques have been developed to analyze the 
content and composition of algae [1] and to determine their 
detailed structure (see following chapters for examples of some 
techniques). Algae live naturally in a very challenging and chang-
ing environment which impacts on their morphology, content and 
composition; many temporal and spatial variations in content and 
composition of algal compounds have thus been observed (e.g., 
[2–4]). Algal species produced under controlled conditions also 
showed a modification in their composition when exposed to 
changes in their surrounding controlled environment, such as 
nutrients, temperature, or light (e.g., [5]).

The compounds extracted from macroalgae and microalgae 
may be analyzed (structure or detailed composition of alginate or 
pigments for example) using very detailed and specific techniques 
(as described in the following chapters). However, rapid techniques 
such as spectrophotometric assays are useful where the global com-
position of crude algal extracts is needed to characterize them and 
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to compare extracts from various algal species or extractions using 
different solvents or buffers.

This chapter describes the assays of major compounds extracted 
from algae such as proteins, carbohydrates, phenolic compounds, 
and pigments (chlorophylls, carotenoids, and phycobiliproteins) 
using a spectrophotometer. Many different methodologies to assay 
these compounds have been developed; the purpose of this chapter 
is not to review all but describe the most commonly applied and/or 
appropriate assays. These assays, based on either a chromophore 
(for proteins, carbohydrates, phenolic compounds) or specific molar 
absorption coefficients (e.g., for pigments), will give an approxi-
mate composition of the extract. To obtain a more precise composi-
tion of these compounds, purification of the crude extract will be 
followed by other analytical techniques, e.g., High Pressure Liquid 
Chromatography (HPLC), Mass Spectrometry (MS), or Nuclear 
Magnetic Resonance (NMR), as described in the next chapters.

2 Materials

All solvents are ACS reagent grade unless specified otherwise. Use 
distilled water or ultrapure water (18 MΩ at 25 °C with a Total 
Organic Carbon level <5 ppb) as specified.

 – 0.1 M sodium hydroxide (NaOH): weigh 0.4 g of NaOH and 
add distilled water up to 100 mL.

 – 1 N Folin–Ciocalteu (FC) reagent: dilute 1 volume of com-
mercial FC reagent (2 N) in 1 volume of ultrapure water (1:1, 
v/v; see Notes 2–4).

 – Reagent A: add 2 g of sodium hydroxide (NaOH) and 10 g of 
sodium carbonate (Na2CO3) to 400 mL of distilled water while 
stirring until completely dissolved, and adjust the volume to 
500 mL.

 – Reagent B: add 0.1 g of potassium sodium-tartrate 
(KC4H4NaO6⋅4H2O) and 50 mg of cupric sulfate 
(CuSO4⋅5H2O) to 8 mL of distilled water (see Note 5). Shake 
the mixture until completely dissolved, and adjust the volume 
to 10 mL.

 – Complex-forming reagent (Lowry’s solution): mix 50 volumes 
of reagent A + 1 volume of reagent B. Store this reagent at 4 °C 
(up to 6 months).

 – Bovin Serum Albumin (BSA) stock solution (1 mg/mL): dis-
solve 100 mg of BSA in 100 mL of distilled water.

 – Spectrophotometer and semi-micro disposable cuvettes.

2.1 Proteins

2.1.1 Lowry Assay  
(See Note 1)

Solène Connan
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 – 0.1 M sodium hydroxide (NaOH): weigh 0.4 g of NaOH and 
add distilled water up to 100 mL.

 – 96 % ethanol.
 – 85 % phosphoric acid (H3PO4).
 – Whatman no. 1 filter paper.
 – Bradford reagent (see Note 6): dissolve 100 mg of Coomassie 

Blue G-250 (CBBG) in 50 mL of 96 % ethanol and add 
100 mL of 85 % H3PO4. Dilute this solution with ultrapure 
water to 1 L. Filter the reagent through Whatman no. 1 filter 
paper and store in an amber bottle at room temperature  
(see Note 7).

 – Bovin γ-globulin stock solution (1 mg/mL; see Note 8): dis-
solve 100 mg of bovin γ-globulin in 100 mL of distilled water.

 – Spectrophotometer and semi-micro disposable cuvettes.

 – Reagent A (see Note 9): weigh 0.1 g of sodium bicinchoninate 
(C20H10N2O4Na2), 2.0 g of sodium carbonate (Na2CO3⋅H2O), 
0.16 g of sodium tartrate (C4H4Na2O6⋅2H2O), 0.4 g of sodium 
hydroxide (NaOH), 0.95 g of sodium bicarbonate (NaHCO3), 
make up to 100 mL with distilled water. If necessary adjust the 
pH to 11.25 with NaHCO3 or NaOH. Stable indefinitely at 
room temperature.

 – Reagent B (see Note 9): dissolve 0.4 g of cupric sulfate 
(CuSO4⋅5H2O) in 10 mL of distilled water. Stable indefinitely 
at room temperature.

 – Working reagent: mix 50 volumes of reagent A with 1 volume 
of reagent B. The solution is apple green in color and is stable 
at room temperature for 1 week.

 – Bovin Serum Albumin (BSA) stock solution (1 mg/mL): dis-
solve 100 mg of BSA in 100 mL of distilled water.

 – Microplate incubator at 30 °C.
 – Microplate reader.

 – 5 % phenol solution (w/v): pour 5 g of phenol in a 100-mL 
flask and add distilled water up to 100 mL (see Note 10).

 – 15 mL polypropylene tube.
 – 95–98 % sulfuric acid (H2SO4) (see Note 11).
 – Stock solution of glucose (200 mg/L): dissolve 20 mg of glu-

cose in 100 mL of distilled water.
 – Water bath at 35 °C.
 – Spectrophotometer and semi-micro disposable cuvettes.

2.1.2 Bradford Assay

2.1.3 Bicinchoninic Acid 
(BCA) Microplate Assay

2.2 Carbohydrates

2.2.1 Phenol–Sulfuric 
Acid Method

Spectrophotometric assays
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 – 95–98 % sulfuric acid (H2SO4) (see Note 11).
 – 2 % anthrone reagent (w/v) (see Note 12): dissolve 2 g of 

anthrone in 100 mL of 95–98 % H2SO4.
 – 1 M sodium hydroxide (NaOH): weigh 4 g of NaOH and add 

distilled water up to 100 mL.
 – 0.3 M Trizma® hydrochloride (Tris–HCl) pH 8.2 containing 

2 % ethylenediaminetetraacetic acid (EDTA): weigh 4.728 g of 
Tris–HCl and 2 g of EDTA; dissolve in 80 mL of distilled 
water; adjust the pH to 8.2 with 1 M NaOH; pour into a 100- 
mL flask and add distilled water to make up to 100 mL.

 – Stock solution of glucose (1 g/L): dissolve 0.1 g of glucose in 
100 mL of 0.3 M Tris–HCl pH 8.2 with 2 % EDTA.

 – Stock solution of d-glucuronic acid (0.5 g/L): dissolve 50 mg 
of d-glucuronic acid in 100 mL of 0.3 M Tris–HCl pH 8.2 
with 2 % EDTA.

 – Incubator at 60 °C.
 – Microplate reader.

 – FC reagent [6] (see Note 13): dissolve 100 g of sodium tung-
state (Na2WO4⋅2H2O) and 25 g of sodium molybdate 
(Na2MoO4⋅2H2O) in about 700 mL of distilled water; add 
100 mL of conc. hydrochloric acid (HCl; 37 %) and 50 mL of 
85 % phosphoric acid (H3PO4); boil continuously under reflux 
for 10 h; stop the heating, rinse down the condenser with a 
small amount of distilled water and then dissolve 150 g of lith-
ium sulfate (Li2SO4⋅4H2O) in the slightly cooled solution (see 
Note 14); make the final solution to 1 L and filter it through 
a sintered glass filter to remove insolubles, if necessary (see 
Note 15).

 – 20 % sodium carbonate solution (Na2CO3; w/v): weigh 20 g 
of Na2CO3 in a beaker and add distilled water up to 80 mL; 
dissolve Na2CO3 (see Note 16); pour in a 100-mL flask and 
add distilled water up to 100 mL.

 – Stock solution of standard (phloroglucinol or gallic acid): dis-
solve 200 mg of the standard in 100 mL of distilled water.

 – Water bath at 70 °C placed in the dark.
 – Spectrophotometer and semi-micro disposable cuvettes.

 – Glacial acetic acid >99 %.
 – N,N-dimethylformamide (DMF) (see Note 17).
 – Stock solution of DMBA: dissolve 2 g of DMBA in 100 mL of 

glacial acetic acid.
 – Diluted hydrochloric acid (HCl) solution: pour 16 mL of 

conc. HCl (37 %) in 84 mL of glacial acetic acid (see Note 18).

2.2.2 Colorimetric Assay 
for Simultaneous 
Quantification of Neutral 
and Uronic Sugars

2.3 Phenolic 
Compounds

2.3.1 Folin–
Ciocalteu Assay

2.3.2 2,4-Dimethoxy-
benzaldehyde (DMBA) 
Assay

Solène Connan
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 – Prepare the working reagent by mixing equal volumes of the 
stock solution of DMBA and the diluted HCl solution just 
before use (see Notes 19 and 20).

 – Stock solution of purified phlorotannin from the species under 
study: dissolve 5 mg of purified phlorotannin in 10 mL of dis-
tilled water.

 – Incubator or water bath at 30 °C.
 – Spectrophotometer.
 – 1-cm glass cuvette + stopper.

 – PVPP.
 – Pasteur pipettes and teat.

Various solvents are used for the extraction of pigments from algae 
and the choice of solvent (and its percentage) depends on the algal 
species (see Note 21):

 – N,N dimethylformamide (DMF; see Notes 17 and 22).
 – Acetone (see Note 23).
 – Methanol (see Note 24).
 – Ethanol (see Note 25).
 – Dimethylsulfoxide (DMSO; see Note 26).

Other items needed:

 – Ball mill or mortar and pestle.
 – Ultrasonic bath.
 – Pasteur pipettes and teat.
 – Spectrophotometer.
 – 1-cm glass cuvette + stopper.
 – 1 M hydrochloric acid (HCl): pour 80 mL of distilled water 

into a 100-mL flask, add 0.82 mL of conc. HCl (37 %) and 
distilled water up to 100 mL.

 – Spectrophotometer.
 – 1-cm quartz glass cuvette.

3 Methods

Many of the assays developed below use a calibration curve of stan-
dards: to be in the range of the calibration curve dilute the algal extracts 
with distilled water if necessary. For the other assays (pigments), the 
methods detailed below use direct absorbance measurement of extracts 
and care should be taken to be within the linear range of the 

2.3.3 Interference 
Removal Using Polyvinyl-
polypyrrolidone (PVPP)

2.4 Pigments 
(Chlorophylls 
and Carotenoids)

2.5 Pigments 
(Phycobiliproteins)

Spectrophotometric assays
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spectrophotometer and generally less than 1 absorbance unit; dilute 
the extract with the extraction solvent if needed.

Different extraction procedures of algal proteins exist using either 
alkaline lysis at a high temperature followed or not by an acid neu-
tralization [7–9]; a lysis buffer such as Triton X-100 with ethylene-
diaminetetraacetic acid disodium salt (Na2-EDTA) and phenyl 
methyl sulfonyl fluoride [10]; or a phosphate buffer added with 
sodium dodecyl sulfate (SDS) or β-mercaptoethanol [11]. 
Ultrasonication of the algal sample-lysis buffer mix will also improve 
the protein extraction (see Note 27). Interfering compounds could 
be removed from the extract by using trichloroacetic acid solution 
which will precipitate and thus concentrate the protein fraction.

Chapter 4 presents a method optimized for the extraction of 
proteins from algae.

The Lowry assay is based on the Biuret reaction where the copper 
(Cu2+) reacts with the peptide bonds of the proteins under alkaline 
conditions to produce Cu+. These Cu+ further react with the Folin 
reagent to reduce the phosphomolybdotungstate into heteropoly-
molybdenum blue through the oxidation of aromatic amino acids 
catalyzed by Cu+. The reactions result in a strong blue color with a 
maximum absorbance at 750 nm. The intensity of this blue color 
depends mainly on the tyrosine and tryptophan contents (aromatic 
amino acids) and to a lesser extent on cystine/cysteine and histi-
dine contents [12]. The method is sensitive to about 0.01 mg of 
protein/mL; range 0.01–1.0 mg protein/mL. The sensitivity of 
Lowry assay is moderately constant from protein to protein, thus 
giving a good approximation of the protein content of a crude 
extract or a mixture of proteins. However, this assay is subjected to 
interference from many substances including buffers, detergents, 
EDTA, nucleic acids and sugars [12]. The assay below is adapted 
from Barbarino and Lourenço [8] (see Note 28):

 – Suspend precipitated proteins in 2 mL 0.1 M NaOH or use 
directly the protein extract.

 – Prepare calibration curves with Bovin Serum Albumin (BSA) 
at a max concentration of 1 mg/mL.

 – Mix 0.2 mL of sample or standard with 1 mL of the complex- 
forming reagent. Stir the sample or standard for 2 s with a 
vortex (see Note 29).

 – Incubate for 20 min at room temperature in the dark.
 – Add 0.1 mL of the diluted FC reagent. Stir the sample or stan-

dard for 2 s with a vortex.
 – Incubate for 35 min at room temperature in the dark.
 – Read the absorbance at 750 nm against a blank (0.1 M NaOH 

or the extraction solvent).

3.1 Proteins

3.1.1 Lowry Assay

Solène Connan
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The Bradford technique is simpler, faster, and more sensitive than 
the Lowry method; it is also subject to less interference by com-
mon reagents and non protein component of biological samples 
[13]. The Bradford assay relies on the binding of the dye Coomassie 
Blue G-250 to proteins. The free dye exists in four different ionic 
forms, and the more anionic blue dye (which has an absorbance 
maximum at 595 nm) binds to proteins. The quantity of proteins 
can thus be estimated by determining the amount of dye in the 
blue ionic form by measuring the absorbance of the solution at 
595 nm. The dye appears to bind more readily to arginine and 
lysine which can lead to variation in the response of the assay to 
different proteins [13]. The Bradford assay is relatively free from 
interference but some compounds still interfere with the reaction, 
mainly detergents and ampholytes [13]. The method is sensitive 
down to about 0.01 mg of protein/mL when using the standard 
assay and 0.001 mg of protein/mL when using the Bradford 
microassay (see Note 30); range 0.01–1.0 mg protein/mL. This 
assay is not suitable for quantifying free amino acids or peptides 
smaller than 3,000 Da as the dye will not bind to them [13].

The standard method described below is adapted from 
Barbarino and Lourenço [8] (see Note 28):

 – Suspend precipitated proteins in 0.5 mL 0.1 M NaOH or use 
directly the protein extract.

 – Prepare calibration curves with bovin γ-globulin at a max con-
centration of 100 μg/0.1 mL.

 – Add 5 mL of the Bradford reagent to each 0.1 mL of sample 
or standard.

 – Read the absorbance at 595 nm 5 min after the start of the 
chemical reaction at room temperature against a blank (0.1 M 
NaOH or the extraction solvent) (see Notes 31 and 32).

The bicinchoninic acid (BCA) assay is similar to the Lowry assay: it 
depends also on the conversion of Cu2+ to Cu+ under alkaline con-
ditions. The Cu+ is detected through the reaction with BCA. Both 
assays have similar sensitivity but BCA is stable under alkaline 
 conditions. The reaction results in the development of an intense 
purple color with an absorbance maximum at 562 nm [14]. Since 
the production of Cu+ is a function of the protein concentration 
and incubation time, the protein content of unknown samples may 
be determined spectrophotometrically by comparison with known 
protein standards. This assay is also generally less affected by inter-
fering compounds such as some detergents and denaturing agents 
(urea, guanidine chloride), which impact the Lowry assay. However, 
the BCA assay is more sensitive to the presence of reducing sugars 
and high level of lipids [14]. The following standard method (for 

3.1.2 Bradford Assay

3.1.3 Bicinchoninic Acid 
(BCA) Microplate Assay

Spectrophotometric assays
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samples containing 0.1–1 mg protein/mL; see Note 33) is adapted 
from refs. [14, 15]:

 – Dilute the samples with distilled water (1:3, v/v).
 – Prepare calibration curves with Bovin Serum Albumin (BSA) 

at a max concentration of 1 mg/mL.
 – Pour 10 μL of distilled water with 10 μL of diluted samples/

standard in a microplate.
 – Add 200 μL of working reagent.
 – Cover the microplate and incubate for 60 min at 30 °C in the 

dark. Cool the microplate at room temperature (see Note 34).
 – Read the absorbance at 562 nm against a blank (distilled water).

Two methods are generally used to assay total carbohydrates in bio-
logical samples [16]: the phenol–sulfuric acid or Dubois method 
[17] and the anthrone method [18]. These assays are based on a 
first polysaccharide hydrolysis with concentrated sulfuric acid fol-
lowed by intramolecular dehydration of all the osidic monomers in 
acidic conditions. The furfural derivatives obtained condense on 
phenol or anthrone to form colored products which absorb at 490 
and 620 nm, respectively. Both assays exhibit different colorimetric 
response linked to the sugar composition: for example, the intensi-
ties of heptose and pentose absorbances are lower than those of 
hexose and some carbohydrate derivatives do not show any response 
at all [16]. These procedures are thus highly dependent on the 
sugar used for the calibration and the carbohydrate contents of 
samples could thus be over- or underestimated. Also, colorimetric 
methods for assaying sugars in complex biological samples remain 
problematic because of the presence of numerous biochemical spe-
cies that can interfere with sugar quantification, such as nucleic 
acids mainly when the phenol–sulfuric acid assay is used [16]. The 
anthrone method is often preferred to assay hexoses; however, the 
anthrone reagent is expensive and solutions in sulfuric acid are not 
stable. The phenol–sulfuric acid method gives a more homogeneous 
response with total sugars and mainly less underestimation of each 
monosaccharide than with the use of the anthrone method. The 
phenol–sulfuric acid method is simple, rapid, relatively straightfor-
ward, sensitive, and gives reproducible results. The reagent is inex-
pensive and stable, readily available, and a given solution requires 
only 1 standard curve for each sugar; moreover, the color produced 
is permanent and stable [17]. For uronic acid-containing samples, a 
modified anthrone method has been developed because the phe-
nol–sulfuric acid method involved either an underestimation or an 
overestimation of the total neutral sugar concentrations [16].

The phenol–sulfuric acid method is directly applied on col-
lected microalgal cells [9]. For macroalgae, several methods of car-
bohydrate extractions exist such as the use of hot ethanol or water 
[19], pressurized liquid extraction (PLE; [20]), or enzymes such 

3.2 Carbohydrates
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as the laminarase [21] or α-amylase/amyloglucosidase [22] to 
assay soluble carbohydrates, laminarin and starch, respectively.

Only the phenol–sulfuric acid method and the modified 
anthrone method for uronic sugars are described here (see Note 35).

The method described below is adapted from refs. [4, 9, 17] (see 
Note 28):

 – Prepare a calibration curve using the stock solution of glucose 
up to 0–100 mg/L.

 – Add 0.5 mL of the extract/standard to 0.5 mL of a 5 % phenol 
solution in a 15 mL polypropylene tube (see Note 36). Do not 
mix and be careful to avoid any drops on the walls.

 – Add 2.5 mL of 95–98 % H2SO4 rapidly directly on the liquid 
surface in order to achieve good mixing.

 – After 10 min of incubation at room temperature, vortex the 
tube vigorously for 10 s.

 – Leave the tube standing for 15 min at room temperature and 
then place it in a water bath at 35 °C for 30 min (see Note 37).

 – Measure the absorbance of the yellow-orange color at 490 nm 
against a blank (distilled water or extraction solvent).

This assay allows the specific quantification of uronic acids in the 
presence of neutral sugars and/or proteins. The procedure devel-
oped by Rondel et al. [16] is based on the reaction of anthrone 
with both neutral and uronic acid sugars but a double absorbance 
reading is proposed, at 560 and 620 nm, in order to quantify the 
uronic acid and neutral sugars separately. This method takes into 
account the interference of uronic acids with anthrone reagent and 
is very sensitive for the quantification of neutral sugars (20–
80 mg/L) as well as for simultaneous quantification of uronic sug-
ars (50–400 mg/L).

 – Prepare calibration curves of standards: glucose from 0 to 
80 mg/L and d-glucuronic acid from 0 to 400 mg/L (see 
Note 38).

 – Add 200 μL of anthrone reagent to 100 μL of samples dis-
pensed in microplates.

 – Incubate these microplates at 60 °C for 30 min.
 – Cool the microplate at room temperature for 10 min.
 – Measure the absorbance at 560 and 620 nm.

To determine glucose and uronic acid concentrations in sam-
ples, resolve the system below:

 

A a b

A a
560 560 560

620 620

= ´[ ] + ´[ ]
= ´[ ]

gluc GlA

gluc
sample sample

sampple sample
GlA+ ´[ ]

ì
í
ï

îï b620  

3.2.1 Phenol–Sulfuric 
Acid Method

3.2.2 Colorimetric Assay 
for Simultaneous 
Quantification of Neutral 
and Uronic Sugars
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With A560 and A620 the absorbances of the sample at 560 and 
620 nm, respectively; a560 and a620 the slopes of the glucose calibra-
tion curves at 560 and 620 nm respectively; b560 and b620 the slopes 
of the d-glucuronic acid calibration curves at 560 and 620 nm, 
respectively; [gluc]sample and [GlA]sample the unknown glucose and 
d-glucuronic acid concentrations of the sample.

Phenolic compounds are secondary metabolites mainly found in 
brown seaweeds which also have primary function in algae such as 
strengthening the cell wall in cross-linking with alginates [23]. In 
brown seaweeds most of these phenolics are polymers of phloro-
glucinol named phlorotannins which could be halogenated or sul-
fated, with levels up to 20 % of dry weight of seaweed tissue (% dw; 
[24]). Quinones such as sargaquinoic acid, have also been found in 
some brown seaweeds (Sargassum spp.; [25, 26]), together with 
bromophenols [27]. In green and red algae, phenolics, mainly bro-
mophenols, have been observed [27, 28] but in lower contents 
compared to phlorotannins (for example Flodin et al. [29] found 
up to 2 μg bromophenol/g fw in Ulva sp. and Whitfield et al. [27] 
up to 2.6 μg/g fw in Pterocladiella capillacea). In microalgae, 
although phenolics have been often extracted and assayed using 
general spectrophotometric methods as those described below 
[30], only few studies reported on phenolic composition of micro-
algae; for example Klejdus et al. [31] found benzoic acid deriva-
tives, hydroxybenzaldehydes and cinnamic acid derivatives in 
freshwater microalgae and some Cyanobacteria.

Extraction methods of phenolic compounds have been devel-
oped mainly for brown seaweeds as these species may contain up to 
15 % dw of phenolics ([24]; see Chapter 7). Various solvents are 
used to extract phenolics from seaweeds: acetone, methanol, and 
ethanol, each at varying proportions in distilled water, with metha-
nol extracting the highest phenolic yield [2, 32–37].

Different assays of algal phenolics have been developed, all 
based on indirect determination using the formation of a colored 
chromophore for spectrophotometric measurement: Folin–Denis, 
Folin–Ciocalteu which is an improvement of Folin–Denis, Prussian 
Blue, and 2,4-dimethoxybenzaldehyde (DMBA) assay.

The Folin–Denis (FD) assay is one of the chemical assays most 
commonly used for ecological research [38]. This assay originally 
developed for protein analyses quantifies concentrations of easily 
oxidized compounds such as phenolics by color changes accompa-
nying a redox reaction [39]. In the FD reagent, phosphotungstic 
and phosphomolybdic acids react with hydroxylated aromatic com-
pounds of extracts such as phenolics. In alkaline conditions, the 
reagent produces a stable blue color which can be quantified spec-
trophotometrically. Thus, although the reaction does not incorpo-
rate the phenols into the colored product, it is stoichiometrically 
dependent on the number of free hydroxyl groups [24, 40].

3.3 Phenolic 
Compounds
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The Folin–Ciocalteu (FC) reagent provides an improvement 
of the FD reagent with the increase of molybdate and mainly the 
addition of lithium sulfate to the reagent [41] which reduces the 
amount of precipitate. This precipitate which interferes with the 
assay is formed when high concentrations of FD reagent are used. 
Comparison of the FD procedure with that of FC gives greater 
sensitivity and reproducibility for the FC [6]. Because FD and FC 
assays were first developed for protein analyses, both assays show 
interferences from many oxidable compounds, such as tyrosine, 
tryptophan, ascorbic acid and urea, and even diethylether [40, 42]. 
However, it is unlikely that amino acid residues from proteins will 
be a substantial portion of these compounds because proteins are 
generally insoluble in high concentrations of organic solvents that 
are usually used in the phenolic extraction procedures [40]. 
Compared to red and green, marine brown algae contain higher 
phenolic levels and the interfering substances are thought to 
account for less than 5 % of the FC reactive compounds [43]. The 
reaction of phenolics with FC reagent gives different results 
depending on the composition of the extract: the binding type of 
phloroglucinol unit (ether, or aryl-aryl) will affect the result due to 
differences in the number of hydroxyl groups on the phlorotannin 
molecule [34].

The 2,4-dimethoxybenzaldehyde (DMBA) assay is based on 
chemistry similar to the vanillin assay [44] in which a colored prod-
uct is formed in response to the reaction between the aldehyde and 
the phenolic [45]. The DMBA reacts specifically with 1,3- and 
1,3,5-substituted phenolics such as phloroglucinol and phlorotan-
nins forming triphenylmethane pigments after electrophilic substi-
tution [46]. As for the FC assay, the chromophore formed depends 
on the phlorotannin class: ether or aryl-aryl bonds react differently 
[34, 36]. DMBA does not react with tannic acid containing ortho- 
and parahydroxyl-substituted phenolics. The chromophore formed 
when DMBA reacts with phloroglucinol or phenolics in the algal 
extract has different UV/Vis maxima. As a consequence, standard 
and sample solutions are measured at 494 and 515 nm respectively, 
which could lead to errors in the calculation of phlorotannin con-
tent [34]. This assay was developed to avoid interferences from for 
example ascorbic acid or peptides. Although nonpolar compounds 
may react in the DMBA assay, color production of such reactions 
will be slight, and it will not interfere with the estimation of phlo-
rotannin levels [46]. As the reaction is also time- and temperature- 
dependent, these factors should strictly be controlled [36].

One way of assessing the interference in the different phenolic 
assays (except the DMBA as the DMBA reagent should bind spe-
cifically phlorotannins) is to remove selectively phenolic com-
pounds with polyvinylpolypyrrolidone (PVPP): PVPP is a polymer 
that can remove tannins and phlorotannins from acidic aqueous 
solution which can then be removed from solution by filtering or 
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centrifuging [40, 47]. The remaining oxidizable species such as 
proteins or ascorbic acid are then quantified with FD, FC, Prussian 
blue assays and subtracted from the results of the assay prior to the 
addition of PVPP. However, PVPP has a greater affinity for com-
plex phlorotannins such as the polyphenols found in many brown 
algae, than for low molecular weight compounds such as phloro-
glucinol which could be the major phenolic compounds of some 
brown algae [46, 48]. Also, treatment with PVPP failed to com-
pletely remove phlorotannins from some fresh algal extracts and 
from solution of purified phlorotannins extracted from some brown 
seaweed species [40, 46]. If all phenolics are not precipitated by 
PVPP, phenolic concentrations are thus underestimated. Extracts 
treated with PVPP should not yield any color in the DMBA assay 
since DMBA reacts specifically with phlorotannins [46].

Analyses using the FC reagent are convenient, simple, require 
only common equipment and have produced a large body of com-
parable data. Under proper conditions, the assay is inclusive of 
monophenols and gives predictable (but variable by reactive groups 
per molecule) reactions with the types of phenols found in algae. 
However, as phenolics of various structures react to different 
degrees, expression of the results as a single number such as mg/L 
phloroglucinol equivalence is necessarily arbitrary [6]. Structural 
types like fuhalols and hydroxylated phlorethols show various 
reductive potential due to their different numbers of free hydroxyl 
groups. The calculated content of phlorotannins may thus vary 
depending on the structural type of phenolics present in the sam-
ple. Hence the polyphenol extracts containing various types of 
phlorotannins are hardly comparable [34].

DMBA is insensitive to interferences, measuring only phloro-
tannins, is inexpensive and rapid. One disadvantage is that the varia-
tion in reactivity of phlorotannin fractions is somewhat greater than 
that for the other assays (Folin–Denis, Folin–Ciocalteu, and Prussian 
Blue). This variation reflects differences in the chemical structures 
of phlorotannins. Therefore the choice of a reference compound 
becomes particularly important for the DMBA assay. For most algal 
species, neither phloroglucinol nor catechin were suitable as refer-
ences for DMBA because DMBA responds too strongly to these 
substances relative to other phlorotannins and consequently signifi-
cantly underestimates the mass of phlorotannin measured [46].

Only FC and DMBA assays and the use of PVPP to measure 
the interference on the phenolic assay are developed below. 
Regarding the calibration curves, the choice of standard curve sub-
stantially affected the measured estimates of phenolic content for 
most algal species and mainly brown seaweeds [46]. Phloroglucinol 
or purified phlorotannin of the species under study should be used 
for brown macroalgae, as phloroglucinol is the unit of phlorotan-
nin and phlorotannin is the major phenolic compounds observed 
in those algal species; results are thus expressed as mg/g seaweed 
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eq. phloroglucinol or % eq. phloroglucinol. For red and green 
macroalgae and microalgae, either phloroglucinol or gallic acid 
could be used in the FC calibration curve as often the composition 
of phenolics is unknown.

The FC assay is based on refs. [2, 32, 35, 49–52] (see Note 28):

 – Mix 100 μL of sample with 50 μL of FC reagent, 200 μL of 
20 % of Na2CO3 solution (see Note 39), and 650 μL of dis-
tilled water.

 – Incubate the mixture at 70 °C in the dark for 10 min.
 – After production of a blue color, read the absorbance at 

700 nm against a blank with distilled water instead of the sea-
weed extract (see Note 40).

 – Dilute the stock solution of standard (phloroglucinol or gallic 
acid): pour 0.0, 1.0, 2.0, 3.0, 4.0 and 5.0 mL of the stock 
solution into 100-mL flasks and add distilled water. Add 
reagents as for the seaweed extract.

 – Express the total content of phenolic compounds as % of dry 
weight (% dw) based on a standard curve of phloroglucinol, 
the monomer of phlorotannin for brown seaweeds, and gallic 
acid for green and red seaweeds.

The DMBA assay, specific to phlorotannins, has been developed by 
Stern et al. [46] and the method below is adapted from refs. [34, 
46] (see Note 28):

 – Dilute the stock solution of purified phlorotannins from the 
species under study with distilled water to prepare the standard 
curve (0–4 mg/mL; see Note 41).

 – Dissolve algal extract in distilled water (20 mg/mL; see Note 
42).

 – Mix 10 μL of extract and standard with 10 μL of DMF (N,N- 
dimethylformamide; see Note 43) and 2.5 mL of the working 
reagent.

 – Incubate the mixture for 60 min at a temperature between 30 
and 33 °C (see Note 44).

 – Read the absorbance at 515 nm against the blank (distilled 
water; see Note 45).

The measurement of interference on the phenolic assay is per-
formed using polyvinylpolypyrrolidone (PVPP). The method is 
adapted from refs. [34, 40, 43]:

 – Dissolve algal extract in distilled water (20 mg/mL solution; 
see Note 46).

 – Add 10 mg/mL of PVPP.

3.3.1 Folin–Ciocalteu 
(FC) Assay

3.3.2 2,4-Dimethoxy-
benzaldehyde (DMBA) 
Assay

3.3.3 Interference 
Removal Using 
Polyvinylpolypyrrolidone 
(PVPP)
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 – Stir the mixture for 10 min with a magnetic stirrer.
 – Centrifuge the mixture at 5,000 × g and pipette carefully the 

supernatant into another tube (see Note 47). Discard the PVPP.
 – Repeat once this PVPP treatment (see Note 48).
 – Assay the remaining supernatant after the second PVPP treat-

ment with FC or DMBA assay; the difference between mea-
surement 1 (without PVPP) and 2 (with PVPP) gives the 
concentration of phenolic compounds able to interact with 
PVPP (see Note 49).

Instead of using HPLC (see Chapter 14), algal pigments can also 
be determined using a spectrophotometer by measuring the absor-
bance of the crude extract at wavelengths corresponding to the 
maximum absorption of the pigment under study and using equa-
tions with the molar extinction coefficient of the pigment. 
Equations for chlorophyll (Chl) determination have been pub-
lished since 1949 [53] and were further developed [54–60]. For 
the quantification of carotenoids using a spectrophotometer, equa-
tions were developed by Strickland and Parsons [61].

The accuracy of the equations which lead to the simultaneous 
determination of extracted Chls (a, b, c, d and a mixture of these 
chlorophylls according to the algal used) depends on [62]:

 – The accuracy of the chlorophyll extinction coefficient used in 
the equation.

 – The spectral purity of these Chls.
 – The solvent used: for example, acetone gives sharper chloro-

phyll absorption peaks than methanol.
 – The presence of water from the extracted cells which will alter 

the maximum absorbance peak and affect accuracy.
 – The relative proportion of the different Chls in the extract.
 – The presence of degradation products of Chls.
 – The precision of the spectrophotometer used for the absor-

bance measurements.

When the precise knowledge of algal pigment composition is 
required or where the sample contains a non-negligible amount of 
phaeopigments, chromatography (HPLC, TLC, or HPTLC) is the 
only method which will give accurate level of Chls as well as com-
position and content of carotenoids [63].

Many solvents are used for the extraction of pigments from 
algae, mainly N,N dimethylformamide (DMF), acetone, metha-
nol, and ethanol (the last three solvents in various proportions).

DMF is a very convenient solvent for Chl extraction since it is 
effective on intact algal parts (no need for fine grinding) and Chl is 
quite stable in it (up to 20 days when stored at 4 °C in the dark) [56]. 

3.4 Pigments 
(Chlorophylls 
and Carotenoids)
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Acetone gives very distinct chlorophyll absorption peaks and is thus 
the solvent of choice for Chl determination; however acetone may 
be a poor extractant of Chl from some algae, particularly green 
algae [60]. Methanol (particularly hot methanol at 60 °C) is a very 
efficient extractant for Chls, particularly from recalcitrant algae. 
Like methanol, hot ethanol (60 °C) is an efficient extractant of 
Chls, even from very resistant materials. There are considerable 
practical, safety, and economical advantages in using ethanol as the 
solvent for Chl assay [60].

Commercial acetone and alcohols are often highly acidic lead-
ing to the formation of phaeophytin and allomerization products of 
Chls which are spectrally different and severely interfere with all 
Chl determinations mainly when using methanol as the solvent. 
Thus a small amount of magnesium carbonate is added into 100 % 
methanol to ensure that the solvent is acid-free; the solvent is then 
filtered and kept at 4 °C [59, 60]. The 90 % solvents (acetone, etha-
nol, methanol) are also made using a saturated solution of magne-
sium carbonate hydroxide to neutralize the solvent. Ethanol is not 
a strong inhibitor of chlorophyllase activity leading to hydrolysis of 
the phytol chain of phytollated Chls (Chls a, b, and d) to produce 
the corresponding chlorophyllids when using this solvent. However, 
chlorophyllase can be easily either removed by filtration or centrifu-
gation because it is not soluble in alcohol; or denaturated by heat-
ing above 60 °C. Chlorophyllases are inhibited in acetone if the 
organic solvent is maintained above 40 % (v/v; [59, 60]).

For brown seaweeds, only few extraction methods and assays 
have been published (e.g., [64, 65]) and an alternative method has 
been developed by Seely et al. [64]: dimethylsulfoxide (DMSO) is 
used as first extractant of fucoxanthin (Fucox), Chl a, Chl c, and 
β-carotene as it helps breaking the cell walls, followed by acetone. 
Acetone extract is further extracted/purified with hexane and 
equations have been developed for each extract [64].

For carotenoids, which are less polar than Chls, extraction 
should be performed using 100 % methanol [9].

Phaeopigments could also be assayed using spectrophotometer 
through acidification techniques with 1 M HCl. These techniques 
were specifically designed to correct the Chl a concentration for 
interference from pheopigments, but the concentration of pheopig-
ments calculated under low pheopigment/Chl ratios should be 
viewed with caution [66].

Extraction of pigments is always performed on ground sea-
weed tissue or pellet using (or not) ultrasound until the pellet is 
pale in color.

The first trichroic and quadrichroic Chl equations presented 
below are those developed by Ritchie [60] in a 1-cm path cuvette. 
The trichroic formulae are simpler than the quadrichroic ones. 
Regarding the solvents, the acetone and ethanol formulae give 
very reliable estimates of Chl a and Chl d. The quadrichroic Chl b 
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equations for acetone and ethanol are more reliable than the meth-
anol formulae but both give low Chl b values in samples containing 
no Chl b. The methanol algorithms for Chl b are very adversely 
affected by any Ph a present. Finally, the quadrichroic Chl c equa-
tions for acetone and ethanol are more reliable for organisms con-
taining Chl c1 + c2 than for those containing only Chl c2 [60]. 
These equations could thus be used where sample absorbances are 
high and degradation products are absent.

The absorbance measurement at 750 nm reflects the absor-
bance due to the turbidity of the sample and is removed from all 
other absorbance measurements.

A664 = absorption of the sample at 664 nm in a 1-cm path 
cuvette.

●● Trichroic equations for simultaneous determination of Chls a, 
b, and c in extracts [60].
These equations should be used when a Chl extract has no 

significant Ph a or Chl d content.

 – 90 % acetone:

Chl g mLa A A

A A

m / . .

.

( ) = - ´ -( ) -
´ -( ) +

0 3002 1 7538

11 9092
630 750

647 750 ´́ -( ) ±( )A A664 750 0 0009.

Chl g mLb A A

A A

m / . .

.

( ) = - ´ -( ) +
´ -( ) -

1 2942 19 8952

4 9401
630 750

647 750 ´́ -( ) ±( )A A664 750 0 0094.

Chl g mLc A A

A A

m / . .

.

( ) = ´ -( ) -
´ -( ) - ´

23 6723 7 9057

1 5467
630 750

647 750 AA A664 750 0 0079-( ) ±( ).

Total Chls g mLm / .

.

( ) = ´ -( )
+ ´ -( ) +

22 0780

10 2357 5
630 750

647 750

A A

A A .. .4224 0 0071664 750´ -( ) ±( )A A

 – 100 % methanol:

Chl g mLa A A

A A

m / . .

.

( ) = - ´ -( ) -
´ -( ) +

3 2416 6 4151

16 4351
632 750

652 750 ´́ -( ) ±( )A A665 750 0 0087.

Chl g mLb A A

A A

m / . .

.

( ) = - ´ -( ) +
´ -( ) -

3 0228 32 1478

13 884
632 750

652 750 44 0 0261665 750´ -( ) ±( )A A .

Chl g mLc A A

A A

m / . .

.

( ) = ´ -( ) -
´ -( ) -

34 2247 12 8087

1 5492
632 750

652 750 ´́ -( ) ±( )A A665 750 0 0139.

Total Chls g mLm / .

.

( ) = ´ -( )
+ ´ -( ) +

27 9603

12 9241 1
632 750

652 750

A A

A A .. .0015 0 0165665 750´ -( ) ±( )A A
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 – 100 % ethanol:

Chl g mLa A A

A A

m / . .

.

( ) = - ´ -( ) -
´ -( ) +

0 9394 4 2774

13 3914
632 750

649 750 ´́ -( ) ±( )A A665 750 0 0090.

Chl g mLb A A

A A

m / . .

.

( ) = - ´ -( ) +
´ -( ) -

4 0937 25 6865

7 3430
632 750

649 750 ´́ -( ) ±( )A A665 750 0 0171.

Chl g mLc A A

A A

m / . .

.

( ) = ´ -( ) -
´ -( ) - ´

28 5073 9 9940

1 9749
632 750

649 750 AA A665 750 0 0096-( ) ±( ).

Total Chls g mLm / .

.

( ) = ´ -( )
+ ´ -( ) +

23 4742

11 4096 4
632 750

649 750

A A

A A .. .0735 0 0175665 750´ -( ) ±( )A A

●● Quadrichroic equations for simultaneous determination of 
Chls a, b, c and d in extracts [60].
These equations should be used as the default equations on 

Chl extracts of unknown composition.

 – 90 % acetone:

Chl g mLa A A A Am / . .

.

( ) = - ´ -( ) - ´ -( )
+

0 3319 1 7485

11 9442
630 750 647 750

´́ -( ) - ´ -( ) ±( )A A A A664 750 691 7501 4306 0 0020. .

Chl g mLb A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
-

1 2825 19 8839

4 8860
630 750 647 750

´́ -( ) - ´ -( ) ±( )A A A A664 750 691 7502 3416 0 0076. .

Chl g mLc A A A Am / . .

.

( ) = ´ -( ) - ´ -( )
- ´

23 5902 7 8516

1 5214
630 750 647 750

AA A A A664 750 691 7501 7443 0 0075-( ) - ´ -( ) ±( ). .

Chl g mLd A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
- ´

0 5881 0 0902

0 1564
630 750 647 750

AA A A A664 750 691 75011 0473 0 0030-( ) + ´ -( ) ±( ). .

Total Chls g mLm / . .( )= ´ -( ) + ´ -( )
+

21 3877 10 3739

5
630 750 647 750A A A A

.. . .3805 5 5309 0 0056664 750 691 750´ -( ) + ´ -( ) ±( )A A A A

 – 100 % methanol:

Chl g mLa A A A Am / . .

.

( ) = - ´ -( ) - ´ -( )
+

2 0780 6 5079

16 2127
632 750 652 750

´́ -( ) - ´ -( ) ±( )A A A A665 750 696 7502 1372 0 0070. .

Chl g mLb A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
-

2 9450 32 1228

13 825
632 750 652 750

55 3 0097 0 0212665 750 696 750´ -( ) - ´ -( ) ±( )A A A A. .

Chl g mLc A A A Am / . .

.

( ) = ´ -( ) - ´ -( )
-

34 0115 12 7873

1 4489
632 750 652 750

´́ -( ) - ´ -( ) ±( )A A A A665 750 696 7502 5812 0 0120. .

Chl g mLd A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
- ´

0 3411 0 1129

0 2538
632 750 652 750

AA A A A665 750 696 75012 9508 0 0031-( ) + ´ -( ) ±( ). .
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Total Chls g mLm / . .( ) = ´ -( )+ ´ -( )
+

28 6473 12 9405

0
632 750 652 750A A A A

.. . .6845 5 2230 0 0140665 750 696 750´ -( ) + ´ -( ) ±( )A A A A

 – 100 % ethanol:

Chl g mLa A A A Am / . .

.

( ) = ´ -( ) - ´ -( )
+ ´

0 0604 4 5224

13 2969
632 750 649 750

AA A A A665 750 696 7501 7453 0 0053-( ) - ´ -( ) ±( ). .

Chl g mLb A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
-

4 1982 25 7205

7 4096
632 750 649 750

´́ -( ) - ´ -( ) ±( )A A A A665 750 696 7502 7418 0 0142. .

Chl g mLc A A A Am / . .

.

( ) = ´ -( ) - ´ -( )
- ´

28 4593 9 9944

1 9344
632 750 649 750

AA A A A665 750 696 7501 8093 0 0084-( ) - ´ -( ) ±( ). .

Chl g mLd A A A Am / . .

.

( ) = - ´ -( ) + ´ -( )
- ´

0 2007 0 0848

0 1909
632 750 649 750

AA A A A665 750 696 75012 1302 0 0023-( ) + ´ -( ) ±( ). .

Total Chls g mLm / . .( ) = ´ -( ) + ´ -( )
+

28 1209 11 2884

3
632 750 649 750A A A A

.. . .7620 5 8338 0 0135665 750 696 750´ -( ) + ´ -( ) ±( )A A A A

●● Equations for simultaneous determination of Chls a and b in 
DMF extracts [56, 67, 68].
These equations have been adapted from Inskeep and Bloom 

[56] in a 1-cm path cuvette:

Chl g mLa A A A Am / . ..( ) = ´ -( ) - ´ -( )12 70 2 79664 5 750 647 750

Chl g mLb A A A Am / . . .( ) = ´ -( ) - ´ -( )20 70 4 62647 750 664 5 750

Total Chls g mLm / . . .( ) = ´ -( ) + ´ -( )17 90 8 08647 750 664 5 750A A A A

●● Equations for determination of Chl a and correction for 
pheopigments [58, 69].

 – Extract pigments in 90 % acetone.
 – Measure the absorbance of extracts at 665 and 750 nm.
 – Acidify the samples with 1 drop of 1 M HCl in the cuvette fol-

lowed by an invert mixing of the cuvette with the stopper.
 – Measure the absorbance again at the same wavelengths as 

before acidification.
 – Resolve the equation below developed by Lorenzen [69] in 

90 % acetone extracts:

Chl g mL A A A A
o o a a

a m / .( ) = ´ -( ) - -( )é
ë

ù
û26 73 665 750 665 750

With A and A
o o665 750  the absorbances at 665 and 750 nm before 

acidification. And A and A
a a665 750  the absorbances at 665 and 

750 nm after acidification.
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●● Equation for determination of carotenoids [61, 67, 70].
Strickland and Parsons [61] developed an equation to assay 

globally carotenoids (mainly β-carotene) using the absorbance of 
100 % methanol extracts and an extinction coefficient of 2,500 
(100 mL/g/cm):

 Carotenoid g mLm /( ) = ´ -( )4 480 750A A  
This equation could be used to obtain global carotenoids level of 
the sample, but HPLC analysis will be required to determine the 
carotenoid composition.

●● Equations for pigment determination of brown seaweeds [64, 65].

 – 4:1 DMSO–water:

Chl g mLa A Am / .( ) = ´ -( )13 74 665 750

Chl g mLc A A A A

A A

m / .

.

( ) = ´ -( ) + -( )éë ùû
- ´ -

16 18

4 81
631 750 582 750

665 7550( )
Fucox g mLm / . .( ) = ´ -( ) -

´ -( ) + -( )
7 69 5 55480 750

631 750 582 750

A A

A A A A -- ´ -( )éë ùû
- ´ -( )

0 297

0 377
665 750

665 750

.

.

A A

A A

 – 10:1 acetone–hexane:

Chl g mLa A Am / .( ) = ´ -( )12 00 661 750

Carotenoid g mLm / . .( ) = ´ -( ) -
´ -( )

5 18 0 171480 750

661 750

A A

A A

 – 3:1:1 acetone–methanol–water:

Chl g mLa A Am / .( ) = ´ -( )13 59 664 750

Chl g mLc A A A A

A A

m / .

.

( ) = ´ -( ) + -( )éë ùû
- ´ -

16 08

4 82
631 750 581 750

664 7550( )
Fucox g mLm / . .( ) = ´ -( ) -

´ -( ) + -( )
7 09 8 79470 750

631 750 581 750

A A

A A A A -- ´ -( )éë ùû
- ´ -( )

0 300

0 195
664 750

664 750

.

.

A A

A A

Phycobiliproteins (or phycobilins) are polar pigments present in  
some algae, such as Rhodophyta, Cyanobacteria and Cryptophytes 
where they are the major light-harvesting chromoproteins. They are 
commonly divided into four classes based on their light absorption 
properties and types of bilins: phycoerythrins (PEs; λmax = 540–
570 nm), phycocyanins (PCs; λmax = 610–620 nm), allophycocya-
nins (APCs; λmax = 650–655 nm), and phycoerythrocyanins (PECs; 

3.5 Pigments 
(Phycobiliproteins)
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λmax = 560–600 nm) [71]. Within phycoerythrins, three classes are 
recognized based on their absorption spectrum: R-phycoerythrin 
(R-PE), B-phycoerythrin (B-PE), and C-phycoerythrin (C-PE) 
[71, 72].

PEs are commonly extracted in diluted phosphate buffer from 
algae and then precipitated by salting out with ammonium sulfate 
at different percentages before further purification using various 
techniques (expanded bed adsorption chromatography, gel filt-
ration, hydroxyapatite chromatography, a combination of two 
chromatography modes or preparative electrophoresis) [71]. An 
extraction and purification procedure of R-PE from red seaweeds 
is developed in Chapter 5.

Here the equations used for the determination of phycobilip-
roteins from algae, including PEs but also PC and APC, are 
presented.

Similar to chlorophyll and carotenoid content determination, 
phycobiliprotein assays derived from the use of mathematical for-
mulae using the extinction coefficients of the different phycobilip-
roteins (e.g., [73]). Absorption spectra of samples were measured 
from 400 to 750 nm in a UV-VIS spectrophotometer (see Note 50) 
and the general formula is as follow [74]:

 
Phycobiliprotein mg L MWmax/( ) =

-( )
´ ´

A A

d
750 310

e  

Where, Amax is the absorbance maximum of the phycobiliprotein 
(565 nm for phycoerythrin and 618 nm for phycocyanin); A750 the 
absorbance due to scattering; ε the molar extinction coefficients 
(PE: 2.41 106 L/mol cm; PC: 1.90 106 L/mol cm); MW molecu-
lar weight of phycobiliproteins (PE: 240,000 g/mol; PC: 
264,000 g/mol); d the path length of the cuvette [74]. The R-PE 
absorption spectra displayed three peaks: two at 495 and 545 nm 
and one main peak at 565 nm. The spectral profile is commonly 
used to indicate the non-degradation of R-PE [4].

Beer and Eshel’s equations are very commonly used [68, 75, 76] 
but underestimate the phycobiliprotein contents of some seaweed 
species such as Porphyra spp. and have thus been modified [77]. The 
equations presented here are adapted from refs. [73, 77, 78]:

 R-PC mg mL/ .( ) = ´ -( )0 154 618 750A A  

 
R-PE mg mL/ . .( ) = ´ -( ) - ´ -( )éë ùû0 1247 0 4583564 750 618 750A A A A

 

 
Purity Index or PI of R-PE =

A
A

564

280  

 APC mg mL/ . .( ) = ´ -( ) - ´ -( )0 177 0 034652 750 615 750A A A A  
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4 Notes

 1. It is possible to use some assay kits such as the Bio-Rad Dc 
Protein assay in which the complexing reagent and the Folin 
reagent are ready to use.

 2. The diluted FC reagent could be stored for a long period in a 
brown bottle (protected from light).

 3. The FC reagent contains hydrochloric and phosphoric acids so 
wear gloves and goggles and work carefully.

 4. The FC reagent can also be prepared in the laboratory (see 
Subheading 2.3.1; adapted from Singleton et al. [6]).

 5. Use a plastic falcon tube instead of glassware for solutions 
containing copper.

 6. Ready-to-use Bradford reagent is available to purchase from 
for example Bio-Rad and Sigma.

 7. The Bradford reagent is then stable for several weeks.
 8. Bovin serum albumin (BSA) is often used as a standard in 

Bradford assay but it has one big disadvantage: BSA exhibits 
an unusually large dye response and thus may underestimate 
the protein content of a sample. On the contrary, bovin 
γ-globulin exhibits a closer dye binding capacity to the mean 
of many proteins tested [13].

 9. These reagents may be purchased ready-to-use from for exam-
ple Sigma or Pierce Biotechnology Inc.

 10. Phenol is easily absorbed through the skin; fatalities have been 
documented from skin absorption via a relatively small surface 
area. Use double gloves, made of nylon, rubber or neoprene. 
Safety glasses, goggles and face shield should be worn.

 11. Use sulfuric acid in a fume hood. Wear nitrile gloves and gog-
gles or face shield.

 12. Prepare just before use.
 13. You can use commercial FC reagent instead of preparing it.
 14. The resultant solution should be clear and intense yellow 

without a trace of green (blue). Any blue results from traces of 
reduced reagent and will cause elevated blanks. Refluxing for 
a short time after adding a couple of drops of bromine fol-
lowed by removal of the excess bromine by open boiling (in a 
fume hood) will correct this problem. To avoid excess of bro-
mine, a small amount of 30 % hydrogen peroxide can be sub-
stituted to the bromine [6].

 15. If protected from reductants, the FC reagent is normally sta-
ble indefinitely, even if diluted.

 16. Heat the solution if needed as Na2CO3 is at its solubilization 
limit.
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 17. DMF causes respiratory tract irritation; may cause digestive 
tract irritation with nausea, vomiting, and diarrhea; causes eye 
and skin irritation. Prolonged or repeated skin contact may 
cause dermatitis. This substance has caused adverse reproduc-
tive and fetal effects in animals. It may cause liver and kidney 
damage and has potential cancer hazard. Wear appropriate 
goggles, gloves and use a fume hood.

 18. Use a fume cupboard, cover water bath, and cuvettes with 
stoppers when using this acid.

 19. The working reagent is slightly yellow when mixed, but 
becomes purple (λmax = 565 nm) upon standing, so it must be 
prepared fresh each day [46].

 20. The working reagent is kept at room temperature before start-
ing the assay [46].

 21. For safety reason, work under a fume hood with gloves and 
goggles when using these solvents.

 22. DMF is much more toxic than acetone or ethanol.
 23. Acetone is very volatile, highly flammable, causes headache, is 

narcotic in high concentration, and is a skin irritant (ery-
thema); so care should be taken when using it (gloves, gog-
gles, use of a fume hood). Acetone is also unsuited for fieldwork 
due to its flammability, propensity for leaking out of contain-
ers, volatility, and security concerns makes it problematic to 
transport particularly by air. Finally, acetone attacks polysty-
rene and polymethylacrylates; check the resistivity of your 
laboratory plasticware or use glassware instead [60].

 24. Methanol is an insidious and notoriously toxic solvent. 
Methanol attacks some, but not all, types of plastic commonly 
used to make laboratory plasticware. Methanol is much easier 
to transport and easier to handle in the field [60].

 25. Ethanol is a much safer solvent than either acetone or metha-
nol: although flammable it is not very toxic. Ethanol does not 
attack polystyrene so normal plastic container and normal lab-
oratory plasticware can be used [60].

 26. DMSO is compatible only with some plasticware such as poly-
propylene and Teflon but only moderately with polystyrene 
and not with polycarbonate.

 27. When performing a sonic disruption with a sonifier at 70 W, 
samples should be on ice, and each sample should be sonicated 
for three cycles of 1 min; between sonication steps, samples 
should be kept on ice for at least 1 min [11].

 28. This assay may be adapted for analysis in a microplate by 
reducing the volume of reagents and extract accordingly.

 29. The vortex-step is critical to get reproducible results and care 
should be taken to mix well the tubes.
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 30. In this microassay the volume of the Bradford reagent added is 
1 mL instead of 5 mL to each 0.1 mL of sample or standard [13].

 31. Do not use quartz cuvette as the dye will bind to it. Traces of 
dye can be removed from plastic and glassware using methanol 
or detergent solution.

 32. The binding of the dye with the proteins is very quick and the 
protein-dye complex remains soluble for 1 h [8].

 33. A micromethod has also been developed by Walker [14] for 
samples containing 0.5–10 μg protein/mL with modification 
in reagents composition and volumes:

Reagent A: weigh 0.8 g of sodium carbonate (Na2CO3⋅H2O), 
1.6 g of sodium tartrate (C4H4Na2O6⋅2H2O), 1.6 g of sodium 
hydroxide (NaOH), mix and make up to 100 mL with dis-
tilled water and adjust pH to 11.25 with 10 M NaOH.

Reagent B: weigh 4 g of sodium bicinchoninate 
(C20H10N2O4Na2) in 100 mL of distilled water.

Reagent C: pour 0.4 g of cupric sulfate (CuSO4⋅5H2O) in 
10 mL of distilled water.

Working reagent: mix 1 vol. of reagent C with 25 vol. of 
reagent B, then add 26 vol. of reagent A.

To 100 μL of sample add 100 μL of working reagent. 
Continue as for the standard method.

 34. After heating, the color is stable for at least 1 h.
 35. Some kits are also developed by companies to assay sugars 

such as the glucose determinant assay kit from Megazyme 
International, Ireland, or Sigma. If you are using these kits, 
follow manufacturer instructions.

 36. Instead of starting from an extract, one method starts from 
the milled algae [22]: reconstitute 10 mg of freeze-dried and 
milled biomass (stored at −20 °C before analysis) in 10 mL of 
water to prepare a known sample concentration for each sam-
ple (1 mg/mL). To 1 mL sample add 3 mL of conc. sulfuric 
acid (72 % w/v) and 1 mL of 5 % phenol (w/v) in a water 
bath. Incubate the tubes for 5 min at 90 °C. Measure the 
absorbance at 490 nm.

 37. The color is stable for several hours.
 38. Both standard solutions and samples have to be diluted in an 

adequate solvent (called “blank”) generally corresponding to 
the extraction conditions and possibly containing high EDTA 
concentrations.

 39. About pH 10 is desired after combination with the acidic FC 
reagent and the samples.

 40. The absorbance could also be read at 730, 735, 750, 760, or 
765 nm instead of 700 nm; all wavelengths give similar pheno-
lic levels as the calibration curve is treated in the same way as 
the algal extracts.
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    Chapter 4   

 Extraction and Enrichment of Protein from Red 
and Green Macroalgae 

              Pádraigín     A.     Harnedy     and     Richard     J.     FitzGerald    

    Abstract 

   Macroalgae, in particular red and green species, are gaining interest as protein-rich foods for human 
 consumption and sources of proteinaceous biofunctional peptide ingredients. During protein extraction 
the starting raw material, the cell disruption method utilized and the reagents employed have a major 
effect on the yield of protein recovered. A method is described herein for extraction and semi-purifi cation 
of food-grade aqueous and alkaline soluble proteins from red and green macroalgae. Dried milled macroal-
gae are disrupted by osmotic shock with subsequent removal of aqueous soluble proteins by centrifuga-
tion. Alkaline soluble proteins are removed following consecutive treatment of the resultant pellet with 
an alkaline solution. Aqueous and alkaline soluble proteins are then enriched from the crude extracts by 
isoelectric precipitation.  

  Key words     Alkaline protein extracts  ,   Aqueous protein extract  ,   Cell disruption  ,   Chlorophyta  , 
  Macroalgae  ,   Protein extraction  ,   Rhodophyta  

1      Introduction 

 Macroalgae, a popular food used in many oriental countries, have 
begun to emerge as an alternative dietary source of protein and 
protein based biofunctional ingredients [ 1 ]. These marine organ-
isms, in particular the red and green species, are reported to con-
tain signifi cant levels of protein (9–47 % (w/w)) [ 2 ]. The extraction 
of macroalgal proteins is hindered, in part, due to inaccessibility of 
proteins within macromolecular cell wall assemblies, cross-linking 
via disulfi de bonds to polysaccharides within these assemblages and 
high viscosity and ionic interactions arising from cell wall and intra-
cellular polysaccharides [ 3 ,  4 ]. The latter is particularly relevant for 
brown macroalgae. The nature of the starting material, the method 
used for cellular disruption and the use of specifi c reagents during 
the protein extraction process can all signifi cantly affect the yield of 
protein recovered. Furthermore, the intended downstream appli-
cation of the protein will dictate the types of reagents that can be 
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used during extraction (food-grade reagents and processes are 
required if the macroalgal proteins are intended for human con-
sumption). While the application of food-grade polysaccharidases 
has been identifi ed as a promising approach for cell disruption and 
release of proteins, the extraction of intact protein components 
from macroalgae is often hindered due to the presence of contami-
nant proteolytic activities within the polysaccharidase preparations 
[ 5 – 8 ]. Starting with dried milled macroalgae, osmotic shock in 
aqueous solution and the use of alkaline conditions has been rec-
ognized as an effective strategy for the extraction of aqueous solu-
ble protein and solubilization of highly water insoluble hydrophobic 
macroalgal proteins, respectively [ 6 ]. Reducing agents such as 
 N -acetyl- L -cysteine could be used to improve cell wall-associated 
protein extraction. However, inclusion of such agents will depend 
on the downstream applications of the extracted protein [ 6 ].  

2    Materials 

 Prepare all solutions using deionized water and analytical grade 
reagents. Prepare and store all reagents at room temperature unless 
otherwise stated.

    1.    0.12 M NaOH: dissolve 4.8 g of NaOH in approximately 
750 mL of water. When dissolved transfer the solution com-
pletely to a 1 L volumetric fl ask and make up to the mark with 
water ( see   Note 1 ).   

   2.    2 M NaOH: dissolve 80 g of NaOH in approximately 750 mL 
of water. When dissolved transfer as above ( see   Note 1 ).   

   3.    Water at pH 11.0: Place a pH probe in a beaker of stirring 
dH 2 O water. Slowly dropwise add in 2 M NaOH until the pH 
reaches 11.0 ( see   Note 2 ).      

3    Methods 

       1.    Weigh exactly 1 g of dried milled seaweed powder and transfer 
to a 50 mL beaker ( see   Notes 3  and  4 ).   Measure out exactly 
20 mL of dH 2 O. Using the 20 mL of water carefully transfer 
any remaining seaweed powder from the weigh boat into the 
beaker. Gently stir for 3 h at 4 °C ( see   Note 5 ).   

   2.    Transfer the macroalgal suspension to a centrifuge tube 
( see   Note 6 ) and centrifuge at 4,190 ×  g  for 15 min at either 
4 °C or room temperature (the temperature will be governed 
by the temperature at which the aqueous soluble proteins were 
extracted).   

3.1  Extraction 
of Crude Aqueous 
Soluble Proteins 
from Red and Green 
Macroalgae

Pádraigín A. Harnedy and Richard J. FitzGerald
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   3.    Following centrifugation carefully decant the supernatant into 
a graduated cylinder and take note of the volume ( see   Notes 7  
and  8 ). The protein present in the supernatant is termed the 
crude aqueous protein extract.      

       1.    Resuspend the macroalgal cells (pellet) from the previous step 
at a weight:volume ratio of 1:15 (w/v) (15 mL) with 0.12 M 
NaOH and stir at room temperature for 1 h ( see   Notes 9  and 
 10 ).   

   2.    Remove the extract containing alkaline soluble proteins fol-
lowing centrifugation as described above. Subject the pellet 
from the above to a second alkaline extraction and combine 
both supernatants and note the volume ( see   Notes 7  and  8 ). 
The protein present in the combined supernatant is termed the 
crude alkaline protein extract.      

       1.    Transfer the crude aqueous and alkaline soluble protein extracts 
to separate beakers. Alter the pH of each to pH 3.5 using HCl 
( see   Notes 11  and  12 ).   

   2.    After adjustment of both solutions to pH 3.5, allow them 
stand for 30 min at 4 °C or room temperature for the aqueous 
protein extract (the temperature used will be governed by the 
temperature at which the aqueous soluble proteins were 
extracted) and room temperature for the alkaline protein 
extract.   

   3.    After 30 min, transfer both extracts to separate centrifuge 
tubes and centrifuge at 4,190 ×  g  for 15 min at the same tem-
perature as used above.   

   4.    Carefully remove the supernatant and resuspend the pellet 
containing the purifi ed aqueous and alkaline soluble proteins 
with pH 11.0 water. The majority of the pellet can be resus-
pended in the centrifuge tube using gentle vortexing ( see   Note 
13 ). For aqueous protein extracts that may contain endoge-
nous macroalgal proteolytic activities, the solution should be 
kept on ice between vortexing. Ensure all the protein has been 
transferred to a beaker and stir gently until all the protein has 
gone into solution ( see   Note 14 ). This step may need to be 
performed at 4 °C for the enriched aqueous protein extract.   

   5.    Once all the protein has gone into solution, measure the vol-
ume of each of the purifi ed protein solutions using a graduated 
cylinder ( see   Notes 7  and  8 ).   

   6.    Transfer each of the enriched protein solutions to an appropri-
ate container for subsequent storage.       

3.2  Extraction 
of Crude Alkaline 
Soluble Proteins 
from Red and Green 
Macroalgae

3.3  Enrichment 
of the Aqueous 
and Alkaline Soluble 
Proteins

Macroalgal Protein Extraction
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4    Notes 

     1.    Special care is required to prepare a solution of NaOH in water 
as considerable heat is liberated by the exothermic reaction 
involved.   

   2.    Water does not have a good buffering capacity; therefore it is 
diffi cult to alter the water to exactly pH 11.0. An aqueous 
solution near to pH 11.0 is suffi cient.   

   3.    Drying (freeze- or air-drying) and milling (1 mm screen) the 
seaweed prior to extraction improves the yield of protein 
recovered. Not only does it ensure reproducibility, something 
that is diffi cult to achieve when using wet blended seaweed, it 
breaks up the cells and increases the surface area of the sea-
weed, exposing more surface area for subsequent protein 
extraction.   

   4.    A ratio of 1:20 (w/v) dried milled seaweed to water was found 
as the best weight:volume ratio for osmotic shock of macroal-
gal cells and extraction of aqueous soluble protein [ 6 ]. 
Depending on the scale of the extraction, the weight of sea-
weed and volume of water can be altered accordingly (e.g., 
0.5 g:10 mL or 100 g:2,000 mL).   

   5.    The temperature selected for the extraction of aqueous soluble 
proteins from macroalgae will depend on the presence or 
absence of endogenous proteolytic enzymes. If this informa-
tion is not available the best temperature to perform the extrac-
tion of aqueous soluble proteins is 4 °C. If it is known that 
little or no proteolytic activity is present, the extraction can be 
performed at room temperature.   

   6.    Centrifuge tubes with a conical base are most suitable for sepa-
ration of the macroalgal suspension. Their use aids in the for-
mation of a hard pellet. When round bottomed centrifuge tubes 
were used the pellet was not as hard and when the supernatant 
was decanted some of the macroalgal cells in the pellet can 
break away and may end up in the crude protein supernatant.   

   7.    It is critical to record the volume of each of the supernatants in 
order to determine the quantity of protein present in a given 
extract following protein quantifi cation analysis.   

   8.    Macroalgal protein extracts can contain components that 
interfere with colorimetric protein quantifi cation assays. The 
modifi ed Lowry protein quantifi cation assay can be used to 
eliminate such interferences [ 6 ,  9 ]. In this assay the protein in 
the macroalgal extract is precipitated by trichloroacetic acid 
(TCA) prior to analysis.   

   9.    0.12 M NaOH, a ratio of 1:15 (w/v) dried milled seaweed to 
alkaline solution and 1 h extraction duration were found as the 
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best alkaline concentration, weight:volume ratio and extrac-
tion duration for extraction of alkaline soluble protein from 
macroalgae [ 6 ]. Depending on the scale of the extraction, the 
weight of seaweed and volume of alkaline 0.12 M NaOH can 
be altered accordingly (e.g., 0.5 g:7.5 mL or 100 g:1,500 mL).   

   10.    In order to ensure the transfer of all the macroalgal cells from 
the centrifuge tube to the beaker in which the alkaline extrac-
tion is to be performed, it is advisable to resuspend the pellet 
in approximately 2/3 the total volume of 0.12 M NaOH 
(10 mL if the starting macroalgal weight is 1 g) and transfer 
the macroalgal suspension to the beaker and wash the centri-
fuge tube with the remainder of the 0.12 M NaOH (5 mL if 
the starting macroalgal weight is 1 g).   

   11.    Concentrated (12 M) HCl can be used in the fi rst instance to 
reduce the pH to approximately 4.0. In order to avoid genera-
tion of a solution with too low a pH, 1 M HCl can be used to 
reduce the pH to pH 3.5.   

   12.    The isoelectric point (pI) for macroalgal aqueous and alkaline 
proteins is in general between pH 3–4. If the pI value requires 
checking, the following experiment can be performed. Measure 
20 mL of macroalgal extract into beakers (the number depends 
on the number of pH values chosen; e.g., pH 2.0, 2.5, 3.0, 
3.5, 4.0, and 4.5). Alter the pH to the different pH value as 
described previously. When the desired pH value has been 
reached allow the solution to stand for 30 min at the required 
temperature. After 30 min transfer the extracts to separate 
centrifuge tubes and centrifuge at 4,190 ×  g  for 15 min at the 
required temperature. Remove the supernatant and resuspend 
the pellet containing the aqueous and alkaline soluble proteins 
in 15 mL water at pH 11.0 ( see   Notes 13  and  14 ). Measure 
the volume of each resuspended pellet extract. Determine the 
concentration of protein in each extract with an appropriate 
protein quantifi cation assay and express the concentration of 
protein in each extract as mg of protein. The extract with the 
highest quantity of protein (i.e., the pH at which the highest 
quantity of protein precipitated out of solution) is assigned 
the pI.   

   13.    Using water which has been altered to pH 11.0 is a good way 
to resolubilize the acidic pellet. Not all the pellet will go into 
solution at this stage and when decanting the protein suspen-
sion into a beaker, it is common that some of the protein 
particles will stick to the side of centrifuge tube. If particles do 
stick to the side, use a small volume of water at pH 11.0 to 
transfer them to the beaker.   

   14.    In some cases water at pH 11.0 is not enough to totally resolu-
bilize the protein pellet; therefore, a small quantity of 2 M 

Macroalgal Protein Extraction
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NaOH may need to be added. Use a pH probe to monitor the 
pH. Depending on the downstream application of the protein 
extract, the pH can subsequently be adjusted to the desired 
value.         
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Chapter 5

Extraction and Purification of R-phycoerythrin  
from Marine Red Algae

Justine Dumay, Michèle Morançais, Huu Phuo Trang Nguyen, 
and Joël Fleurence

Abstract

This chapter focuses on the recovery of an R-Phycoerythrin (R-PE)-enriched fraction from marine algae. 
Since R-PE is a proteinaceous pigment, we have developed a simple and rapid two-step method devoted 
to the extraction and purification of R-PE from marine red algae. Here we describe a phosphate buffer 
extraction followed by anion exchange chromatography carried on a DEAE Sepharose Fast Flow column. 
To ensure the quality and quantity of R-PE recovery, we also indicate different methods to monitor each 
fraction obtained, such as spectrophotometric indicators, gel filtration, and SDS-PAGE analysis.

Key words Extraction, Pigment, Purification, Red seaweeds, R-PE

1 Introduction

R-Phycoerythrin (R-PE) is a major photosynthetic pigment in red 
seaweeds. It is an oligomeric water-soluble chromoprotein of 
240 kDa, characterized by its absorption spectrum between 400 
and 650 nm [1]. This reddish fluorescent pigment is of interest 
due to its original spectral characteristics [2]. In addition to its 
color, phycoerythrin emits yellow fluorescence. Applications of 
R-PE as a bioactive compound, depending on its purity, range 
from food colorant to moiety in fluorescent energy transfer, fluo-
rescent labels, tags, tracers, and markers [3, 4]. Recently, R-PE 
biological activities have been found such as antitumoral [2], anti-
oxidant [5, 6] immunosuppressive, or hypertensive [7].

R-phycoerythrin is classically extracted by maceration of algae 
in buffer or water and then purified by a combination of several 
techniques, such as ammonium sulfate precipitation or different 
chromatographic techniques [8–10]. Those techniques have sev-
eral advantages regardless of algal species chosen over enzymatic 
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procedure even if the latter processes could significantly increase 
the extraction yield [11].

This chapter deals with a simple method to extract 
R-Phycoerythrin from red seaweeds in two steps, with high recov-
ery rate and great quality, as commonly used in the laboratory. We 
also describe the procedure used to monitor and evaluate the qual-
ity and quantity of R-PE (Fig. 1).

2 Materials

Prepare all solutions using ultrapure water and analytical-grade 
reagents. All reagents should be stored in darkness and at 4 °C 
until use. Diligently follow all waste disposal regulations when dis-
posing waste materials.

 1. Extraction buffer: 20 mM phosphate buffer, pH 7. Add 
200 mL of ultrapure water into a 1 L glass beaker. Weigh 
1.54 g of NaH2PO4 and 1.58 g of Na2HPO4 and transfer to 
the glass beaker. Add water to a volume of 700 mL. Mix and 
adjust pH with HCl or NaOH if required. Make up to 1 L 
with ultrapure water. Store at 4 °C (see Note 1).

 1. DEAE–Sepharose Fast Flow column (Amersham) 
(26 × 100 mm).

 2. Buffer A: 20 mM phosphate buffer, pH 7 (extraction buffer).
 3. Buffer B: 20 mM phosphate buffer, 1 M NaCl, pH 7. Add 

200 mL of ultrapure water to a 1 L glass beaker. Weigh 1.54 g 
of NaH2PO4, 1.58 g of Na2HPO4 and 58.5 g of NaCl and 
transfer to the glass beaker. Add ultrapure water to a volume of 

2.1 R-phycoerythrin 
Extraction

2.2 Anion Exchange 
Chromatography

Fig. 1 General scheme of the extraction, purification, and monitoring procedures

Justine Dumay et al.
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700 mL. Mix and adjust pH with HCl or NaOH if required. 
Make up to 1 L with ultrapure water. Store at 4 °C.

 4. Spectra/Por Regenerated Cellulose 3.5 kDa.

 1. Superdex 200 HR glass column (Amersham) (10 × 300 mm).
 2. Gel filtration buffer: 20 mM phosphate buffer, pH 7 (extrac-

tion buffer).

 1. Resolving gel buffer: 1.5 M Tris–HCl, pH 8.8. Add about 
100 mL of ultrapure water to a 1 L glass beaker. Weigh 181.7 g 
of Tris-Base and transfer to the beaker. Add ultrapure water to 
a volume of 900 mL. Mix and adjust pH with HCl 6 M. Make 
up to 1 L with ultrapure water. Store at 4 °C.

 2. Stacking gel buffer: 0.5 M Tris–HCl, pH 6.8. Weigh 60.6 g of 
Tris-Base and prepare a 1 L solution as in previous step. Store 
at 4 °C.

 3. 12 % Separating gel: mix 3 mL of ultrapure water, 2.5 mL of 
resolving gel buffer, 4 mL of 30 % acrylamide/bis acrylamide 
solution, 100 μL of SDS (see Note 2), 100 μL of 10 % ammo-
nium persulfate (APS) (w/v in ultrapure water; see Note 3) 
and then 10 μL of N,N,N,N′-tetramethyl-ethylenediamine 
(TEMED) (stored at 4 °C) (see Note 4).

 4. 4 % Stacking gel: mix 6.15 mL of ultrapure water, 2.5 mL of 
stacking gel buffer, 1.33 mL of 30 % acrylamide/bis acryl-
amide solution, 100 μL of SDS, 100 μL of 10 % APS and then 
10 μL of TEMED.

 5. Lysis buffer: 0.065 M Tris–HCl, pH 6.8, 25 % glycerol, 2 % 
SDS, 0.01 % bromophenol blue, 5 % 2-mercaptoethanol. Add 
the different components in this order: 3.55 mL of ultrapure 
water, 1.25 mL of stacking gel buffer, 2.5 mL of glycerol, 
2 mL of 10 % SDS (v/v in ultrapure water), 0.2 mL of 0.5 % 
bromophenol blue, and 50 μL of 2-mercaptoethanol. Store at 
4 °C (see Note 5).

 6. Running buffer: 0.025 M Tris pH 8.3, 0.192 M glycine, 0.1 % 
SDS. Prepare 10× native buffer (0.25 M Tris, 1.92 M glycine): 
weigh 30.3 g of Tris and 144 g of glycine, mix, and make it up 
to 1 L with ultrapure water. Dilute 100 mL of 10× native buf-
fer to 890 with water and add 10 mL of 10 % SDS (v/v in 
ultrapure water).

 7. Fixing solution: mix 450 mL of methanol, 400 mL of ultra-
pure water, 100 mL of acetic acid and complete to 1 L with 
ultrapure water.

 8. Dye solution: weigh 2.5 g of brilliant blue and add 450 mL of 
methanol, 400 mL of ultrapure water, 100 mL of acetic acid, 
stir and complete to 1 L with ultrapure water.

2.3 Gel Filtration

2.4 SDS- 
PolyAcrylamide Gel 
Electrophoresis 
(SDS-PAGE)

R-phycoerythrin from Marine Red Algae
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 9. Destaining solution: mix 300 mL of methanol, 550 mL of 
ultrapure water, 100 mL of acetic acid and complete to 1 L 
with ultrapure water.

3 Methods

Carry out all laboratory procedures at low light or in darkness as 
far as possible and at 4 °C to prevent R-PE denaturation.

 1. Red algae are commonly found in the low intertidal zone (see 
Note 6). Carefully collect samples of the species of interest 
without epiphytes during low tide.

 2. Rinse algae successively with seawater, tap water, and deion-
ized water.

 3. Freeze the seaweeds immediately and freeze-dry samples.
 4. Grind freeze-dried algae with liquid N2 to obtain a uniform 

fine powder.

 1. Homogenize the algal powder in extraction buffer following a 
1 g/20 mL ratio.

 2. Place the system under agitation (150 rpm) during at least 
20 min (and no more than 12 h).

 3. Centrifuge at 25,000 × g for 30 min to recover the 
supernatant.

 4. If required, perform multiple extractions by using the sludge 
obtained in the previous step (see Note 7).

 5. Pool all supernatants obtained.

 1. Pre-equilibrate the DEAE–Sepharose Fast Flow column with 
the buffer A at 4 mL/min (around 10 times of the column 
void volume).

 2. Load the supernatant on the top of the column (do not over-
load the column).

 3. Rinse the column with the buffer A at 4 mL/min.
 4. Elute the RPE with a three-step increase in the buffer ionic- 

strength: first at 150 mM NaCl (elution with 15 % buffer A 
and 85 % buffer B) for 10 min, the second at 200 mM NaCl 
(elution with 20 % buffer A and 80 % buffer B) for 10 min and 
the third at 1 M NaCl (elution with 100 % buffer B) for 10 min 
at 4 mL/min.

 5. Monitor the absorption at 280 and 565 nm with a diode array 
detector.

 6. Collect the fraction eluted with 200 mM NaCl.

3.1 Algal Sampling

3.2 R-phycoerythrin 
Extraction

3.3 Purification  
by Anion Exchange 
Chromatography
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 7. Desalt overnight by dialysis using a Spectra/Por Regenerated 
Cellulose 3.5 kDa against phosphate buffer (see Note 8).

After all steps, read the absorbance of the supernatants to ensure 
the quality of the fractions.

 1. Read absorbance in UV-visible wavelengths from 200 to 
800 nm. The absorbance spectrum of native R-PE should typi-
cally have peaks at respectively 492, 545, and 565 nm (Fig. 2).

 2. Estimate the R-PE concentration (mg/mL) following the Beer 
and Eshel equation [12]:

 [ ] [( ( . .) ) ]R PE- = - - - ´ ´A A A A565 592 455 592 0 20 0 12  

 3. Estimate the Purity Index (PI) of the fraction using the A565/
A280 ratio [13–15] (see Note 9).

 1. Pre-equilibrate the Superdex 200 HR column with the gel fil-
tration buffer at 0.5 mL/min (10 times the void volume of the 
column).

 2. Inject 100 μL of a sample (crude or purified) on the column.
 3. Elute with the gel filtration buffer at 0.5 mL/min.
 4. Monitor the absorption at 280 and 565 nm with a diode array 

detector.
 5. Demonstrate the purification efficiency comparing chromato-

grams obtained at each step (Fig. 3) (see Note 10).

 1. Cast rapidly after preparation the 12 % separating gel within a 
4 × 7 cm gel cassette. Leave some space for stacking the gel and 
gently overlay with isobutanol or ultrapure water (see Note 11).

3.4 Spectro  pho-
tometric 
Characterization

3.5 Gel Filtration 
Analysis

3.6 SDS-PAGE 
Electrophoresis 
Analysis

Fig. 2 Absorption spectrum of R-Phycoerythrin in visible light (400–650 nm)

R-phycoerythrin from Marine Red Algae



114

 2. When fully polymerized (after 30–45 min), remove the isobuta-
nol and water, and add 5 mL of resolving gel buffer diluted with 
water (1/4, v/v) to prevent gel dehydration (see Note 12).

 3. Cast rapidly after being prepared the 4 % stacking gel in the gel 
cassette above the separating gel. Insert a ten-well gel comb 
immediately without introducing air bubbles.

 4. When fully polymerized (after 30–45 min), remove the comb 
gently and rinse the wells with water or resolving gel buffer.

 5. Sample preparation: dilute sample in the lysis buffer in order to 
approximate 1 mg/mL proteins. Heat between 80 and 100 °C 
for 5–10 min. Do not treat the pre-stained protein standard. 
Centrifuge the heated samples at 3,000 × g for 30 s. Keep the 
supernatant.

 6. Place the gel carefully on the running electrophoresis module 
(Mini-PROTEAN, Biorad, or equivalent).

 7. Fill the space between gel wells with the running buffer.
 8. Gently introduce samples and standard in the appropriate gel 

wells (see Note 13).
 9. Fill the gel box with the running buffer.
 10. Electrophorese at 90 V constant for 30 min and then at 180 V 

until the dye front (from the bromophenol blue dye in the 
samples) has reached the bottom of the gel.

 11. Following the electrophoresis, open the gel plates with the use 
of a spatula. The gel remains on one of the glass plates. 
Carefully transfer the gel to a container with the fixing solution 
and leave for 5 min. Gently stir the plate to remove the gel 
from the glass plate.

Fig. 3 Superdex HR 200 gel filtration chromatograms at 565 and 280 nm. CE crude extract. PE purified extract 
after DEAE chromatography purification

Justine Dumay et al.
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 12. Place the gel for 2 h in the dye solution previously heated in a 
water bath at 70 °C and agitate continuously (see Note 14).

 13. Rinse the gel in the fixing solution for 15 min and then in sev-
eral successive baths with the destaining solution (see Note 15).

 14. Demonstrate the purification efficiency through the compari-
son of the electrophoresis profile obtained at each step (Fig. 4) 
(see Note 16).

4 Notes

 1. R-PE is relatively stable across a wide pH range [13, 19], so 
different extraction buffers could be employed according to 
the further use of the R-PE crude extract. At industrial scale 
and for colorant properties, we recommend the use of tap 
water to prepare the extraction buffer. But for deeper analysis 
or for high-purity application (flow cytometry, reagent, bio-
logical activity assay, purification of the molecule), we recom-
mend to work at a specific pH with extraction buffer prepared 
with deionized or ultrapure water.

 2. Care should be taken when adding SDS solution since bubbles 
may be created.

Fig. 4 SDS-PAGE electrophoresis of R-PE extracts following the purification pro-
cedure. CE crude extract. PE purified extract after DEAE chromatographic step. 
MW standard molecular weight protein ladder. CE electrophoresis clearly shows 
the total protein mix contained in the red algal sample. After purification, PE lane 
illustrates the efficiency of the method used

R-phycoerythrin from Marine Red Algae
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 3. Prepare this 10 % APS (w/v in ultrapure water) solution fresh 
each time to ensure its polymerization properties.

 4. Quantities indicated are sufficient for the preparation of two 
gels.

 5. Add glycerol carefully due to its high viscosity, and SDS care-
fully to prevent foaming. SDS precipitates at 4 °C. Therefore, 
the lysis buffer needs to be warmed prior use.

 6. Regarding sampling strategy for sourcing red seaweeds: large 
variation in R-PE content has been reported according to sam-
pling site and season [16–18].

 7. Final R-PE extracted quantity may be improved by performing 
multiple extractions on the resulting sludge.

 8. Dialysis has to be performed in order to analyze the fraction 
using gel filtration. Otherwise, if salts do not interfere with the 
next step, dialysis is not necessary.

 9. It has been established that a fraction of R-PE could be consid-
ered pure when the IP value reaches at least 3.2 [10].

 10. Figure 3 illustrates clearly the efficiency of the purification 
method employed here: several proteinaceous compounds (at 
280 nm) have been highlighted on the chromatogram of the 
crude extract while just one still remains on the chromatogram 
of the purified extract.

 11. This overlay prevents contact with atmospheric oxygen (which 
inhibits acrylamide polymerization) and help to level the 
resolving gel solution.

 12. At this stage, the resolution gel may be stored overnight at 
room temperature.

 13. When loading samples and standard in the wells, process very 
carefully to obtain regular deposits at the bottom of each well.

 14. Perform all baths (fixing and destaining) in a hermetically 
closed recipient and agitate carefully.

 15. Scan or take a picture of the gel prior to analysis.
 16. R-PE possesses characteristic subunits α, β, and γ, at 20, 21, 

and 30 kDa, respectively.
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    Chapter 6   

 Extraction and Analysis of Mycosporine-Like Amino Acids 
in Marine Algae 

              Nedeljka     N.     Rosic     ,     Christoph     Braun    , and     David     Kvaskoff   

    Abstract 

   Marine organisms use mycosporine-like amino acids (MAAs) as biological sunscreens for the protection 
from damaging ultraviolet (UV) radiation and the prevention of oxidative stress. MAAs have been discov-
ered in many different marine and freshwater species including cyanobacteria, fungi, and algae, but also in 
animals like cnidarian and fi shes. Here, we describe a general method for the isolation and characterization 
of MAA compounds from red algae and symbiotic dinofl agellates isolated from coral hosts. This method 
is also suitable for the extraction and analyses of MAAs from a range of other algal and marine biota.  

  Key words     Coral  ,   LCMS  ,   MAAs  ,   Red algae  ,    Symbiodinium   ,   Symbiosis  

1      Introduction 

 UV-absorbing mycosporine-like amino acids (MAAs) have been 
discovered in many marine and freshwater species [ 1 ,  2 ]. MAAs are 
found in various animals, cyanobacteria, and algae. These ubiqui-
tous secondary metabolites are transparent, water-soluble com-
pounds with low molecular weight (<400 Da), containing a 
cyclohexenone or cyclohexenimine chromophore conjugated to an 
amino acid residue or its imino alcohol (Fig.  1 ). Maximum absor-
bance of MAAs is within the UVA and UVB range (310–362 nm) 
and a molar absorptivity ( ε ) from 28,100 to 50,000/M/cm. These 
UV-absorbing compounds are characterized by multiple functions 
in the organisms. Besides a role in the protection from UV radiation, 
MAAs are also involved in the anti-oxidative stress response by 
reducing reactive oxygen species (ROS) and scavenging free radi-
cals, with a potential role as light-harvesting pigments, and as a 
source of intracellular nitrogen [ 1 ,  3 – 5 ].  

 Reef fl ats are characterized by a very high level of UV radiation 
reaching an extreme UV index (above 11) during summer. Reef- 
building corals and their symbiotic dinofl agellates display different 
MAA profi les depending on species and also symbiotic status. MAAs 
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  Fig. 1    Chemical structures of known MAAs, adapted from [ 15 ], including mass of MAAs commonly found in the 
red alga  Acanthophora spicifera  (indicated by a hash),  Symbiodinium  spp .  (indicated by a dollar), and the 
hermatypic coral  Stylophora pistillata  (indicated by a star) [ 7 ,  11 ,  14 ]       
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from coral-algal symbioses are believed to be produced by microbial 
endosymbionts such as photosynthetic dinofl agellates from the 
genus  Symbiodinium , although the host factor may a play role in 
MAA synthesis [ 6 – 10 ] .  In  Symbiodinium  spp. cultures mainly pri-
mary MAAs (mycosporine-glycine, shinorine, porphyra- 334, and 
mycosporine-2-glycine) were detected, which are synthesized 
during the fi rst part of the MAA biosynthetic pathway, whilst a more 
diverse MAA profi le was observed in symbiosis with coral hosts 
[ 6 ,  7 ,  11 ]. 

 A list of known MAAs found in nature including the MAA 
precursors gadusol and deoxygadusol is shown in Fig.  1 . Here, we 
present a method for the extraction and characterization of MAAs 
from samples of the red alga  Acanthophora spicifera  and the reef- 
building coral  Acropora aspera . Using a modifi ed high- performance 
liquid chromatography-mass spectrometry (HPLC-MS) method 
[ 11 ], we were able to identify several known MAAs within the tis-
sues of the coral and red algae. Consequently, this method can be 
effi ciently applied for the extraction and characterization of MAAs 
from different organisms.  

2    Materials 

 Prepare all buffers and solutions using ultrapure water, purifi ed by 
reverse osmosis, via for example an MQ Ultrapure Water System 
(“Milli-Q water”). Perform sterilization and degassing of solutions 
by fi ltration (0.22 μm) under vacuum (20 mmHg;  see   Note 1 ). 
Store all reagents at room temperature and dispose chemical waste 
following the recommended procedures and regulations. 

       1.    In the case of the example described in this chapter, material 
of the red alga  Acanthophora spicifera  was obtained on the 
Great Barrier Reef (GBR), Australia. The samples were col-
lected (GBRMPA permit G11/33857.1 to LIRS) from a shal-
low site (water depth <2 m) in the lagoon at Lizard Island 
(14°40′55.59″S, 145°27′17.81″E) in March 2013.   

   2.    Coral fragments (7 cm long) of  Acropora aspera  harboring 
 Symbiodinium  spp: ITS-type C3 genotype [ 12 ] were collected 
from the reef fl at at Heron Island (GBR), Australia (23°25′S; 
152°07′E), in June 2010.      

       1.    Artifi cial seawater with a salinity of 30: Weigh 30 g of NaCl 
and dissolve in Milli-Q water. Check salinity using salinity 
meter. Filter-sterilize (using 0.45 μm fi lter) and autoclave 
(optional). Store at room temperature.   

2.1  Biological 
Materials

2.2  Chemicals 
and Reagents for MAA 
Extraction

Mycosporine-Like Amino Acids from Marine Algae
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   2.    F/2 media for  Symbiodinium  cultures: Use Guillard’s (F/2) 
Marine Water Enrichment Solution that can be obtained from 
a manufacturer in artifi cial seawater with a salinity of 30 ([ 13 ]; 
 see   Note 2 ). F/2 media stock is kept at −20 °C.   

   3.    60 mM phosphate buffer at pH 6.65: Weigh 10.251 g of 
K 2 HPO 4  and 8.165 g of KH 2 PO 4  and top up to 1 L with 
Milli- Q water. Adjust buffer to pH 6.65 by varying the amount 
of each salt. Filter the buffer using vacuum pump with 0.22 μm 
fi lter and store at room temperature.   

   4.    80 % HPLC-grade methanol in water (v/v).   
   5.    HPLC-grade acetone and methanol.   
   6.    Formic acid.      

       1.    10 % methanol in water (v/v).   
   2.    LC–MS instrument: Shimadzu LCMS-2020 single-quadruple 

mass spectrometer (Kyoto, Japan) (or equivalent), equipped 
with a UV-photodiode array detector and an electrospray ion-
ization (ESI) source interface. The fl ow is set at 0.25 mL/min 
and the autosampler is cooled to 4 °C to preserve samples 
( see   Note 3 ).   

   3.    HPLC column: Kinetex XB-C18 column, 100 Å pore size, 
50 × 2.1 mm diameter, and 1.7 μm particle size, equipped with 
a SecurityGuard Ultra C18 pre-column.   

   4.    HPLC conditions: Injection volume of 5 μL (100 μL loop), 
column temperature at 40 °C to enhance peak shape.   

   5.    Mobile phase A: Aqueous mobile phase of 1 mM ammonium 
acetate + 0.1 % acetic acid (v/v), pH 3.6: Dissolve 77 mg of 
LC–MS-grade ammonium acetate in Milli-Q water (1 L) and 
add 1 mL of LC–MS-grade acetic acid; the pH should be ca. 
3.6. Filter on 0.22 μm under vacuum (20 mmHg). Store at 
room temperature (up to 6 months).   

   6.    Mobile phase B: Acetonitrile/isopropanol (4:1, v/v). Filter 
on a 0.22 μm fi lter under vacuum (20 mmHg) for degassing. 
Use only HPLC-grade chemicals. Store solution after fi ltering 
at room temperature.   

   7.    Elution gradient (Table  1 ): 5 % Mobile phase B for 2 min, 
increasing to 100 % B over 20 min. From 22.5 to 35 min, the 
fl ow rate should be increased to 0.5 mL/min in order to fl ush 
the column from late-eluting peaks. The fl ow rate needs to be 
adjusted to 0.25 mL/min at 35 min, and the gradient returned 
to starting conditions (0 % B) at 40 min and allowed to equili-
brate for 5 min (total runtime 45 min).

       8.    UV-photodiode array detector set at 330 nm to follow the 
elution of MAAs.   

2.3  Liquid 
Chromatography–
Mass Spectrometry 
(LC–MS)
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   9.    Electrospray ionization (ESI) used in positive ion mode 
switching: Typical ion source parameters: interface tempera-
ture 450 °C, desolvation line temperature 250 °C, heating 
block temperature 200 °C, nebulizing gas fl ow 1.5 L/min, 
drying gas fl ow 12 L/min, interface voltage 4.5 kV, Q-array 
RF voltage 50 V, desolvation line voltage 0 V, Q-array DC 
voltage 0 V.   

   10.    Optimization and calibration of the mass spectrometer are 
achieved with the auto-tuning function using a polypropylene 
glycol standard solution (obtained from Shimadzu).   

   11.    Data processing may be carried out using the Shimadzu Lab 
Solutions software (version 1.4), or equivalent, depending on 
the instrument used.       

3    Methods 

 Carry out all procedures at room temperature whilst keeping sam-
ples in dark and cold conditions (−20 °C short-term storage or in 
−80 °C freezers) before processing. 

       1.    Collect red algae on the shore and coral fragments from reef- 
building corals. After collection, transfer the coral fragments 
(~7 cm in length) in fl ow through aquaria for acclimatization 
in tanks for 48 h. Snap-freeze samples in liquid nitrogen and 
keep them at −80 °C until further processing.   

3.1  Extraction 
of MAAs

    Table 1  
  The LC–MS gradient protocol for the separation of MAAs   

 Time 
(min) 

 Mobile 
phase A (%) 

 Mobile 
phase B (%) 

 Flow 
(mL/min) 

 0  95  5  0.25 

 2  95  5  0.25 

 22  0  100  0.50 

 35.5  0  100  0.25 

 40  95  5  0.25 

   Mobile phase A : 1 mM ammonium acetate + 0.1 % acetic acid (v/v), pH 3.6 and  Mobile 
phase B : acetonitrile/isopropanol (4:1, v/v). Total fl ow rate was increased from 
0.25 mL/min to 0.5 mL/min from 22.7 to 35.1 min in order to fl ush the column 
from late-eluting peaks. Temperature was 40 °C and UV-absorbing peaks were detected 
at 330 nm  

Mycosporine-Like Amino Acids from Marine Algae
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   2.    Isolate MAAs from red algae: Use ice-cold 80 % methanol as 
detailed in [ 14 ] (500 μL per 50 μg of dry algal weight) follow-
ing these steps: (1) freeze-dry red algal samples overnight at 
−70 °C at 1.5 mbar, (2) grind them, and (3) perform a sequen-
tial methanol extraction using 80 % methanol. Repeat the 
extraction procedure twice by adding 0.5 mL of 80 % methanol 
to 50 μg of dry algal weight until the pellet appears colorless.   

   3.    Isolation of MAAs from coral nubbins: Perform airbrushing 
using a stream of air under a pressure mixed with 0.06 M 
phosphate buffer (pH 6.65), which will remove the tissue 
from the coral skeleton. Use frozen coral fragments and 12 mL 
of 0.06 M phosphate buffer (pH 6.65), followed by centrifu-
gation of the homogenate at 4,000 ×  g  for 5 min. Resuspend 
the pellet in fi ltered artifi cial seawater (0.45 μm) and separate 
in aliquots. Use an aliquot for MAA extraction by additional 
centrifugation (4,000 ×  g  for 5 min) and resuspend the pellet 
in 1 mL of 100 % cold methanol, followed by 10-min sonica-
tion on ice-cold water and then centrifugation (4,000 ×  g  for 
5 min). Transfer supernatant to a new tube and keep it on ice. 
Apply an additional 1 mL of cold 100 % methanol to the pellet 
and repeat the previous extraction step until all pigment 
extracts are removed from the pellet (usually this takes 3–5 
subsequent steps) and pale pellet is obtained.   

   4.    In the fi nal stage, fi lter the extracts using a 0.22 μm fi lter. Dry 
the methanol extracts in a vacuum centrifuge at 40 °C and 
keep them at −20 °C before analyses. Alternatively, methanol 
extracts can also be kept at −80 °C for a prolonged period.      

       1.    Use fi ltered methanol extracts in a Shimadzu LCMS 2020 
linked to a Shimadzu SPD—UV photodiode array detector 
(or similar) using the reverse C18 column and modifi ed 
method described by [ 11 ] with mobile phases A and B.   

   2.    Resuspend dried methanol extract in 200 μL of 10 % metha-
nol. Use 5 μL of methanol extracts for a run on an LCMS. Flow 
rate is in the range of 0.2–0.5 mL/min.   

   3.    The gradient employed is shown in Table  1 .   
   4.    Acquire data in the selected ion monitoring (SIM) mode, 

monitoring the [M + H] +  ions of MAAs (Fig.  2a ). Record the 
MS spectra during 40 min within the mass range of  m/z  200–
450 for positive ions targeting the masses of known MAAs. 
Analyses are done using nitrogen as a nebulizing (1.1 L/min) 
and drying gas (10 L/min, 250 °C). Capillary high voltage is 
set to 4,500 V. Isolation width of 1.0 Da is used for product 
ion spectra acquisition. Spectra are averaged for each data 
point (Fig.  3 )   .       

3.2  MAA Analyses
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 A chromatogram at 330 nm of an extract from  Acanthophora 
spicifera  is shown in Fig.  2b  with seven MAAs identifi ed (Table  2 ). 
The same LC–MS analysis was applied on a coral extract ( Acropora 
aspera ) and fi ve MAAs were identifi ed (Fig.  4 ; Table  3 ).
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  Fig. 2    Total ion chromatogram (TIC) that includes a summary of intensity for the mass range of  m/z  200–450 
of positive ions targeting the masses of known MAAs ( a ), and the HPLC-MS chromatogram at 330 nm of a 
methanol extract of the red alga  Acanthophora spicifera  ( b ). MAAs’ peak identifi cation was based on retention 
time, absorption maxima ( λ  max ), and  m/z  of positively charged ions [M + H] + . Peak numbers correspond to 
 different MAAs listed in Table  2        
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    Table 2  
  LC–MS analysis of MAAs isolated from the red alga  Acanthophora spicifera    

 Peak #  MAA name  Retention time (min)  Absorption max (nm)   m / z  [M + H] +  

 1  Porphyra-334  0.96  332  347 
 1  Palythine  245 
 1  Mycosporine-glycine  246 

 2  Shinorine  6.50  317  333 

 3  Palythine-serine-sulfate  7.09  320  355 

 4  Mycosporine-taurine  10.50  315  296 

 5  Palythine-threonine  13.30  318  289 

 6  Gadusol  16.16  296  205 

 7  Unknown  17.84  299  289 
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  Fig. 4    HPLC-MS chromatogram at 330 nm of a methanol extract of  Acropora aspera.  MAAs’ peak identifi cation 
was based on retention time, absorption maxima ( λ  max ), and  m/z  of positively charged ions [M + H] +  and is 
listed in Table  3 . Other peaks on the chromatogram correspond to other photosynthetic pigments       

    Table 3  
  LC–MS analysis of MAAs isolated from the reef-building coral  Acropora aspera    

 Peak #  MAA name  Retention time (min)  Absorption max (nm)   m / z  [M + H] +  

 1  Palythine-serine  10.58  327  275 

 2  Palythene  12.01  355  385 

 3  Porphyra-334  12.26  334  347 

 4  Palythine  15.05  319  245 

 5  Shinorine  16.33  325  333 
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Biochem Physiol A 147:1–10  

     6.    Banaszak AT, Santos MGB, LaJeunesse TC 
et al (2006) The distribution of mycosporine- 
like amino acids (MAAs) and the phylogenetic 
identity of symbiotic dinofl agellates in cnidar-
ian hosts from the Mexican Caribbean. J Exp 
Mar Biol Ecol 337:131–146  

     7.    Banaszak AT, LaJeunesse TC, Trench RK 
(2000) The synthesis of mycosporine-like amino 
acids (MAAs) by cultured, symbiotic dinofl agel-
lates. J Exp Mar Biol Ecol 249:219–233  

   8.    Banaszak AT, Trench RK (2001) Ultraviolet 
sunscreens in dinofl agellates. Protist 152:
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4          Notes 

     1.    If needed, conduct sterilization by autoclaving at 120 °C, with 
1.36 atm (20 psi), for 30 min.   

   2.    For F/2 medium use 10 mL of 50× stock (purchased from 
Sigma) and top up with 490 mL of sterile artifi cial seawater. 
This medium can also be prepared using recipes from various 
websites of algal cultures (e.g.,    http://www.marine.csiro.au/
microalgae/methods/Media%20CMARC%20recipes.htm    ).   

   3.    In our case the Shimadzu LC–MS system included two 
LC-20 AD high-pressure pumps, a SIL-20 AC-HT autosam-
pler operated in XL mode, a CTO-20A column oven, a DGU- 
20A3 degasser unit, and an FCV-11AL solvent selection valve 
allowing the choice of two solvents per solvent delivery pump. 
Any other LC–MS system with similar characteristics can be 
used instead of this system.         
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    Chapter 7   

 Extraction and Purifi cation of Phlorotannins 
from Brown Algae  

           Erwan     Ar Gall     ,     Florian     Lelchat    ,     Mélanie     Hupel    ,     Camille     Jégou    , 
and     Valérie     Stiger-Pouvreau   

    Abstract 

   The interest in the physiological roles and bioactivities of plant phenols has increased over the past decades. 
In seaweeds, many investigations have dealt with phenolic compounds of Phaeophyceae (phlorotannins), 
even though little is known so far about the ecophysiological variations of their pool or their biosynthetic 
pathways. We describe here a simple procedure based on the use of water-organic solvent mixtures for the 
extraction of phlorotannins. Crude extracts are semi-purifi ed and fractionated by separating methods 
based on both the polarity and the molecular size of compounds. Phenols are then quantifi ed by the Folin- 
Ciocalteu method and their radical-scavenging activity is characterized using the DPPH test. All along the 
purifi cation process of phenolic compounds, the effi ciency of separation is assessed by  1 H-NMR.  

  Key words     Extraction  ,   Folin-Ciocalteu method  ,   Liquid–liquid purifi cation  ,   Molecular size separation  , 
  Phlorotannins  ,   Radical-scavenging activity  ,   Seaweed phenols  

1      Introduction 

 Numerous studies have been dedicated to plant phenols, focusing 
on their structure [ 1 ] or their physiological role and biological 
activities [ 2 ,  3 ]. Increasing attention has also been paid over the 
past decades to seaweed phenols and particularly to phlorotannins, 
i.e., oligomers and polymers of phloroglucinol occurring in the 
Phaeophyceae [ 4 ]. Extraction and purifi cation of phlorotannins 
were mostly undertaken to allow their structural identifi cation [ 5 ] 
or more generally to study both their distribution and their func-
tional characterization [ 6 – 13 ]. To date, extraction of seaweed phe-
nols has usually been conducted on ground fresh or dry seaweeds 
in either pure or water-mixed organic solvents. Alternative meth-
ods to classical solvent/water-consuming extraction have been 
recently tested, such as subcritical water hydrolysis, centrifugal par-
tition extraction (CPE), supercritical fl uid extraction (SFE), or 
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again pressurized liquid extraction (PLE) [ 14 ,  15 ], but their 
 applicability to routine isolation of phlorotannins still remains to 
be seen, due to the low availability of accurate systems and/or high 
costs. Three main methods have been investigated so far to purify 
crude extracts and to study the composition of phlorotannin pools: 
liquid–liquid or solid–liquid (solid-phase extraction, or SPE) sepa-
ration based on the polarity of molecules [ 16 – 18 ], and molecular 
size discrimination through dialysis, and/or ultrafi ltration steps 
[ 19 – 23 ]. Chromatographic methods may also be helpful, includ-
ing low-pressure liquid chromatography [ 24 ], thin-layer chroma-
tography [ 25 ], high-pressure liquid chromatography (HPLC) 
[ 25 – 27 ], or again liquid chromatography–high-resolution mass 
spectrometry [ 28 ]. Recent studies on the purifi cation of phloro-
tannins report on a combination of both polarity- and size-based 
approaches [ 20 ,  29 ]. The quantifi cation of phlorotannins has been 
usually performed by the Folin-Ciocalteu method which remains 
the most suitable and easy-to-perform technique, despite some 
concerns regarding its specifi city for phenols [ 7 ,  30 ]. The evalua-
tion of radical-scavenging activities by the DPPH method has been 
commonly reported as a functional complement to the quantita-
tive analysis of phlorotannin pools in Phaeophyceae [ 20 ,  31 ], even 
though other colorimetric and electrochemical methods may be 
considered more robust [ 15 ,  23 ,  32 ,  33 ]. When available,  1 H 
NMR spectroscopy allows a rapid assessment of the effi ciency of 
semi-purifi cation processes, with spectra showing the relative 
abundance of phenol versus contaminating substances, particularly 
mannitol [ 15 ,  20 ,  27 ]. 

 We describe here a simple procedure using mixtures of water 
and organic solvents to extract phlorotannins from brown algae. 
Semi-purifi cation and fractionating of crude extracts are performed 
using techniques based on both the polarity and the molecular size 
of compounds. Phenol contents are then quantifi ed according to 
the Folin-Ciocalteu method and characterized by their radical- 
scavenging activity using the DPPH test. The effi ciency of the puri-
fi cation process is assessed step by step using  1 H NMR spectra.  

2    Materials 

       1.    Collect fresh seaweeds on the shore ( see   Note 1 ). Since geo-
graphical and seasonal parameters may both affect phenol con-
tents in Phaeophyceae [ 7 ,  9 ,  21 ,  22 ], seaweed material should 
be collected at a single location and within a period of a few 
weeks for a given set of experiments.      

       1.    Extraction solvents: Either pure or mixed in various propor-
tions, including deionized water and analytical grade organic 
solvents (methanol, acetone, ethanol, or ethyl acetate, i.e., 

2.1  Seaweed 
Material

2.2  Extraction 
and Purifi cation 
of Phlorotannins
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high to intermediate polarity solvents). For global phenol 
extractions, deionized water–methanol mixtures (v/v) are 
preferred ( see   Note 2 ).   

   2.    Liquid–liquid separation solvents: Extra pure-grade hexane, 
dichloromethane, ethyl acetate, and deionized water.   

   3.    Precipitation solvents: Extra pure-grade acetone and ethanol.   
   4.    Tangential ultrafi ltration membranes in cartridges of various 

sizes and shapes, depending on the system ( see   Note 3 ) and/
or dialysis membranes: Due to the large range of molecular 
sizes within phlorotannins (i.e., between 126 Da for the phlo-
roglucinol unit and up to more than 300 kDa for high-
molecular- weight polymers), the use of 50, 10, and 2–3 kDa 
cutoff size membranes may be recommended as a fi rst approach 
to study the repartition of the phenol pool between polymers, 
intermediate compounds, and oligomers.      

         1.    Folin-Ciocalteu reagent (available from national commercial 
suppliers): Best stored in the dark at 4–5 °C.   

   2.    200 g/L sodium carbonate: Dissolve 5 g Na 2 CO 3  in 25 mL 
deionized water. The stock solution may be stored at room 
temperature for several weeks.   

   3.    Standard: Phloroglucinol (1,3,5-trihydroxybenzene).      

       1.    90 % Extra pure-grade methanol in deionized water.   
   2.    Commercial solution of 2,2-diphenyl-1-picrylhydrazyl or 

DPPH⋅(available from national commercial suppliers). Prepare 
a dilution at 0.1 mM in 90 % methanol 3 h before conducting 
the test. Store both pure DPPH and its diluted solution in the 
dark at 4–5 °C. The solution should not be stored for longer 
than 2 days.   

   3.    Trolox (6-hydroxy-2,5,7,8-tetramethylchromane-2-carbox-
ylic acid, derivative of vitamin E) and ascorbic acid (vitamin C) 
(available from national commercial suppliers): Prepare 1 g/L 
stock solutions in deionized water.      

       1.    Deuterium oxide (D 2 O, 99.9 %) or deuterated methanol 
(CD 3 OD, 99.9 %) for semipolar and polar fractions and deu-
terated chloroform (CDCl 3 , 99.9 %) for relatively nonpolar 
fractions (Euriso-top, St. Aubin, France): Stored best in the 
dark at room temperature.   

   2.    Spectrometer, for example a Bruker Avance 400 or 500 MHz 
equipped with a  1 H/ 13 C/ 15 N TCI cryoprobe; in this instance 
standard pulse sequence available in the Bruker software 
(Bruker, Wissembourg, France), but also other spectrometers 
with similar specifi cations can be used.        

2.3  Quantifi cation 
and Qualitative 
Analysis 
of Phlorotannins

2.3.1  Folin- 
Ciocalteu Assay

2.3.2  Radical- 
Scavenging Activity

2.3.3   1 H NMR
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3    Methods 

       1.    Rapidly clean the thalli with tap water, and remove epiphytes, 
injured/grazed areas, as well as fertile parts (unless these are of 
interest). Avoid bases/holdfasts and lower axes/stripes of the 
thalli (in particular for Fucales and Laminariales) unless these 
are of particular interest, since phenol contents may vary accord-
ing to the type, age, and location of the material [ 10 ,  34 ].   

   2.    Cut off 0.5–1 cm long pieces of thalli.   
   3.    Distribute the raw material into freezing bags: 100–250 g 

fresh weight (FW) per bag from single or pooled individuals, 
depending on their size and on the foreseen statistical treat-
ment. Do not forget to prepare smaller aliquots to determine 
the dry weight (DW) of samples and to express contents on a 
DW basis.   

   4.    Freeze-dry and store in the dark until analyses are conducted 
( see   Note 4 ).      

       1.    Weigh 15 g of freeze-dried algal material and place them into 
a 250 mL Erlenmeyer fl ask.   

   2.    Add 200 mL of solvent and chop the algae thoroughly with a 
domestic mixer.   

   3.    Agitate at 200 rpm (rounds per minute) in a rotary shaker ( see  
 Note 5 ) at 30–40 °C ( see   Note 6 ) in the dark (place an alumi-
num foil around the fl ask) for 3 h. Keep the fl ask closed during 
extraction to avoid excessive solvent evaporation.   

   4.    Filter the resulting mixture using glass wool to discard pieces 
of algal tissue.   

   5.    Centrifuge the fi ltrate at ca. 4,000 ×  g  for 10–20 min at 4–5 °C 
and discard the pellet ( see   Note 7 ).   

   6.    Evaporate all alcohol and most of the water down to ca. 40 mL 
on a rotary evaporator and measure the fi nal volume of extract.   

   7.    Freeze-dry the fi nal aqueous extract. Weigh the resulting dry 
powder to determine the extracted dry matter and the per-
centage of phenols after quantifi cation ( see   Note 8 ).      

   Liquid–liquid purifi cation is essentially based on the polarity of 
extracted compounds and therefore on their differential affi nity for 
nonmiscible solvents.

    1.    Start from ca. 1.5 g of freeze-dried crude extract and dissolve 
in 40 mL deionized water in a centrifuge tube, or treat directly 
the aqueous extract (about 40 mL, see above).   

   2.    Add the same volume of hexane, shake the mixture rapidly, 
and centrifuge at ca. 4,000 ×  g  for 10–20 min at 4–5 °C.   

3.1  Processing 
of Algal Material

3.2  Extraction 
of Phlorotannins

3.3  Liquid–Liquid 
Semi- purifi cation 
of Phlorotannins
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   3.    Keep the aqueous fraction and discard the hexane phase 
( see   Note 9 ).   

   4.    Repeat the operation at least two times and pool the aqueous 
phases.   

   5.    Add the same volume of dichloromethane to the aqueous frac-
tion, shake the mixture rapidly, and centrifuge at ca. 4,000 ×  g  
for 10–20 min at 4–5 °C ( see   Note 9 ).   

   6.    Repeat the operation at least two times and pool the aqueous 
phases.   

   7.    Add 2 volumes of ethanol to the aqueous fraction, shake up 
the mixture, and keep either for 12–24 h at −17 °C or for 
1.5 h at −80 °C.   

   8.    Centrifuge the frozen mixture at ca. 4,000 ×  g  for 10–20 min 
at 4–5 °C.   

   9.    Discard the pellet (if present) and remove ethanol from the 
supernatant. If a pellet occurs, repeat  steps 7 – 9  twice.   

   10.    Add 3 volumes of acetone to the aqueous fraction, shake up 
the mixture, and keep either for 12–24 h at −17 °C or for 
1.5 h at −80 °C.   

   11.    Centrifuge the frozen mixture at ca. 4,000 ×  g  for 10–20 min 
at 4–5 °C.   

   12.    Discard the pellet (if present) and remove acetone from the 
supernatant. If a pellet occurs, repeat  steps 10 – 12  twice.   

   13.    Add the same volume of ethyl acetate to the aqueous fraction, 
shake the mixture rapidly, and centrifuge at ca. 4,000 ×  g  for 
10–20 min at 4–5 °C.   

   14.    Separate thoroughly the water and the ethyl acetate phases 
and repeat the operation at least two times.   

   15.    Pool the aqueous phases and freeze-dry them.   
   16.    Pool ethyl acetate phases and add about 5 mL deionized water. 

Then evaporate the ethyl acetate on a rotary evaporator and 
freeze-dry the remaining aqueous solution.      

         1.    Dissolve 20–40 mg of freeze-dried powder in 20 mL deion-
ized water and pour the resulting solution in a dialysis tube 
( see   Note 10 ), starting with the highest cutting size 
membrane.   

   2.    Place the dialysis tube in a 0.5–1 L vessel (Erlenmeyer fl ask, 
glass bottle, high beaker), add enough deionized water to 
cover it, and agitate the water using a magnetic stirrer in the 
dark at 4–5 °C.   

   3.    Let dialyze for at least 3 days and change the water fi ve to six 
times during that period. Freeze-dry the concentrate (reten-
tate) and concentrate the dialysate on a rotary evaporator 
down to a volume of 20 mL. Then, freeze-dry the dialysate.   

3.4  Size-Based 
Separation 
of Phlorotannins

3.4.1  Dialysis

Extraction and Purifi cation of Phlorotannins
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   4.    Proceed to a new dialysis step with a lower cutting size membrane 
from the concentrated dialysate up to the lowest cutting size 
membrane. After each dialysis, freeze-dry the concentrate 
(retentate) and concentrate the dialysate on a rotary evapora-
tor down to a volume of 20 mL before freeze-drying.      

       1.    Dissolve 50–100 mg of freeze-dried powder in 100 mL deion-
ized water and place the resulting solution in the retentate 
vessel of a tangential UF system ( see   Note 4 ).   

   2.    Start with the cartridge corresponding to the highest cutting 
size and ultrafi ltrate the sample in the dark at moderate tem-
perature until reaching a retentate volume of 5–10 mL.   

   3.    Add a similar volume of deionized water and repeat the opera-
tion at least three times.   

   4.    At the end of the process, remove the retentate and rinse the 
system with 3–4 cartridge volumes of deionized water, or three 
cartridge volumes of 20 % ethanol in deionized water and then 
one cartridge volume of deionized water ( see   Note 11 ).   

   5.    Pool the successive retentates and freeze-dry them.   
   6.    Pool and concentrate the ultrafi ltrates by rotary evaporation 

down to ca. 100 mL and proceed to a new UF step starting at 
a lower cutting size.   

   7.    Repeat the tangential UF up to the lowest cutting size mem-
brane. After each UF, freeze-dry the concentrate (retentate) 
and concentrate the dialysate on a rotary evaporator down to 
a volume of 20 mL before freeze-drying.      

   Dialysis and tangential UF may be alternated, depending on the 
repartition of oligomers and polymers expected in the semi- purifi ed 
fractions. In that case, only one dialysis step will be recommended, 
generally at the beginning of the purifi cation process, i.e., at high 
cutting sizes.   

     Assess the phlorotannin content of the crude extract at the succes-
sive steps of the semi-purifi cation using the Folin-Ciocalteu method 
adapted to small volumes in 96-well standard microplates:

    1.    Prepare a concentrated solution of each sample in deionized 
water (200 μg/mL, to be diluted if necessary).   

   2.    Put 20 μL of the solution into each well; then add 10 μL of the 
Folin-Ciocalteu reagent, 40 μL of sodium carbonate (from a 
200 g/L solution), and 130 μL of deionized water.   

   3.    Homogenate the reaction mixture, leave for 10 min at 70 °C, 
and then cool rapidly on ice (5 min).   

3.4.2  Tangential 
Ultrafi ltration (UF)

3.4.3  Mixed Dialysis 
and Tangential UF

3.5  Quantifi cation 
and Qualitative 
Analysis 
of Phlorotannins

3.5.1  Folin- 
Ciocalteu Assay
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   4.    Measure the optical density at 620 nm with a microplate spec-
trophotometer and plot against a standard curve of phloroglu-
cinol (0–100 μg/mL). Express contents of phlorotannins in 
mg/g or % of DW.      

   Test the radical-scavenging activity of the crude extract and of the 
fractions following the DPPH⋅method:

    1.    Prepare a concentrated solution of each sample in deionized 
water and dilute it to get at least eight concentrations between 
0 and 1 g/L.   

   2.    Pour 100 μL of each dilution per well and measure the absor-
bance at 540 nm using a microplate photometer; then add 
100 μL of a 0.1 mM DPPH solution.   

   3.    Let the mixture develop for 60 min in the dark at a tempera-
ture of 15–20 °C and measure the absorbance at 540 nm.   

   4.    Use the solvent of samples as negative control (deionized 
water here), and Trolox and ascorbic acid (vitamin C) as posi-
tive standards. Prepare 5–8 dilutions of positive standards 
between 0 and 0.1 g/L from the 1 g/L stock solutions.   

   5.    The activity is expressed as the percent inhibition of DPPH 
based on the difference between the two absorbance measure-
ments at 540 nm. Radical-scavenging activity is expressed as 
IC 50  (the concentration of substrate which causes a 50 % loss 
of the DPPH activity).      

   If NMR analysis is available, prepare aliquots of each extract/frac-
tion as follows:

    1.    Weigh 10–20 mg max. of freeze-dried powder; mix it with 
700 μL deuterated solvent and shake until complete 
dissolution.   

   2.    Put the solution in a 5 mm diameter NMR tube and close it 
with a cap.     

  1 H NMR is then performed within 1 day, at room temperature 
on an NMR spectrometer. Resulting spectra will show peaks repre-
senting only relative abundances of the various compounds occur-
ring in the fraction, identifi ed by the position (chemical shift or  δ ) 
of one to several peaks expressed in parts per million (ppm) ( see  
Fig.  1 ). Figure  1  displays  1 H-NMR spectra illustrating the results 
of a polarity-based semi-purifi cation procedure, highlighting the 
evolution of the phenol peaks in the various fractions, in particular 
with their magnifi cation in the fi nal ethyl acetate fraction versus a 
global disappearance of mannitol signals. Figure  2  shows spectra 
obtained along a mixed size- and polarity-based procedure, under-
lining the interest of both UF and dialysis to discriminate semi- 
pure size classes of phlorotannins.      

3.5.2  Radical- 
Scavenging Activity

3.5.3   1 H NMR Analysis

Extraction and Purifi cation of Phlorotannins
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  Fig. 1     1 H NMR spectra of a crude extract and of semi-purifi ed fractions obtained by polarity-based fractionat-
ing in  Pelvetia canaliculata  (Fucales, Fucaceae). ( a ) Crude extract. ( b ) Aqueous fraction after washing by both 
hexane and dichloromethane. ( c ) Aqueous fraction after precipitation by both ethanol and acetone. ( d ) Final 
aqueous fraction after separation from the ethyl acetate phase. ( e ) Ethyl acetate fraction. P corresponds to the 
phenol area (5.5–6.5 ppm), D to the D 2 O peak, M to the mannitol area       
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  Fig. 2     1 H NMR spectra of a crude extract and of semi-purifi ed fractions obtained by polarity-based and size-
based fractionating in  Ascophyllum nodosum  (Fucales, Fucaceae). ( a ) Crude extract. ( b ) Ethyl acetate fraction 
after hexane and dichloromethane washing. ( c ) Tangential UF concentrate obtained from the ethyl acetate 
fraction on a 50 kDa cutting size membrane. ( d ) Final 2 kDa dialysate obtained from the 50 kDa ultrafi ltrate. 
Residual mannitol still appears among other molecules smaller than 2 kDa. P corresponds to the phenol area 
(5.5–6.5 ppm), D to the D 2 O peak, M to the mannitol area       
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4    Notes 

     1.    Test species of Phaeophyceae which are common in your geo-
graphical area. In a fi rst approach to phlorotannins, aim for 
dominating Fucales from the middle to upper intertidal zone 
which support large populations and biomass. Phenol con-
tents also tend to be higher in species at high bathymetric lev-
els, which, in turn, give better extraction yields and easier 
purifi cation steps.   

   2.    In view of industrial biomolecule extraction, ethanol is preferred 
to methanol because of its lower price and toxicity. Similarly, 
classical solid/liquid extraction may be considered as an explor-
atory stage prior to the sustainable production of phenols.   

   3.    In tangential ultrafi ltration (crossfl ow ultrafi ltration, tangen-
tial fl ow fi ltration or TFF), a better effi ciency will be obtained 
using systems (modules) able to maintain a constant fl ow, i.e., 
fi tted with a peristaltic pump. The TFF membranes/cartridges 
must be adapted to a laboratory scale, i.e., with a capacity 
ranging between 100 mL and 10 L. Various products are avail-
able worldwide, from single cartridges to complete concentra-
tors (for example, Labscale TFF System and Pellicon Holders 
at Millipore, Kros Flow at Spectrum, Minimate and Centramate 
at Pall Gelman, Vivafl ow cartridges at Sartorius). Most car-
tridges are both disposable and reusable, and offer a wide 
range of molecular weight cutoff (MWCO). Polyethersulfone 
   (PES) membranes may be preferable according to their lower 
binding properties than regenerated cellulose (RC).   

   4.    Seaweeds may be dried gently at 30–40 °C in an aerated hood 
for 3–5 days, or stored frozen. However, freeze-drying allows 
better extraction yields as well as more stable biological activi-
ties of phlorotannins [ 11 ]. When seaweed tissues are kept 
fresh at 4–5 °C, a rapid degradation of phenolic compounds 
will occur, whereas freezing at −17 to −25 °C and defrosting 
are less likely to affect extraction yields.   

   5.    A reciprocal shaker may be used as an alternative to orbital 
devices, with usually no signifi cant decrease in phenol yields. 
Make sure to keep a steady motion of about 200 shakes per min.   

   6.    Temperature must be set below 40 °C to preserve the integrity 
of phenol chains, particularly if the occurrence of small oligo-
phenols is suspected. However, heating over 30 °C will be 
necessary to maintain extraction time at about 3 h.   

   7.    For a rapid processing, both centrifuge and rotor must be 
compatible with 250 mL tubes. In that case, maximal speed 
rarely allows acceleration beyond 4,000 ×  g . When cooling is 
not available within the centrifuge, room temperature may be 
acceptable.   
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   8.    The totality of the crude extract may be freeze-dried for long- 
term storing. However, the semi-purifi cation can be processed 
from the aqueous extract. In that case, 1–2 mL aliquots will be 
kept aside for dry mass determination, phenol quantifi cation, 
DPPH evaluation, and NMR analysis.   

   9.    It may be interesting to analyze the composition and the activ-
ity of both hexane and dichloromethane phases. In that case, 
evaporate the pooled fractions down to 5–10 mL and dilute 
with methanol to 40–45 mL for Folin-Ciocalteu and DPPH 
procedures; evaporate aliquots completely under vacuum or 
by bubbling nitrogen to assess the dry weight and to perform 
 1 H NMR.   

   10.    Dialysis tubes are available commercially with various width 
and fi lling volumes per cm. To maximize the exchange surface 
with deionized water and to reduce the tube length, a 2–4 cm 
wide tube with a 4 mL/cm capacity will be adequate. Keep 
1–2 cm free at each extremity of the tube and close it with 
1–2 mm thread (typically for alimentary use). Before cutting 
off and fi lling the tube, immerse it for 1–2 h in deionized 
water to soften it, and then rinse it abundantly with deionized 
water both inside and outside using a wash bottle.   

   11.    At the end of the procedure, the retentate may become more 
or less viscous, making necessary several rinsing steps by add-
ing deionized water to achieve a good separation. As for dialy-
sis, the effi ciency of the separation will be checked only 
afterwards, for example by the lack of residual peaks corre-
sponding to mannitol on  1 H NMR spectra of retentates (above 
650 Da cutting size), or at least their drastic reduction. Mass 
spectrometry would be decisive in this context [ 13 ]; yet it is 
mainly used to study phlorotannins below 2,000 Da [ 24 ]. 
After use, rinse the system several times with 0.1 M NaOH and 
store the cartridges closed with 0.01 M NaOH inside. Before 
reuse, rinse the system several times with deionized water.         
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Chapter 8

Enzyme-Enhanced Extraction of Antioxidant Ingredients 
from Algae

Björn V. Adalbjörnsson and Rósa Jónsdóttir

Abstract

Marine algae are not only a rich source of dietary fibre, proteins, vitamins, and minerals, but also contain 
a great variety of secondary metabolites with diverse biological activities. Marine macroalgae are a rich 
source of various natural antioxidants such as polyphenols, especially phlorotannins (made of polyphloro-
glucinol units) derived from brown algae, which play an important role in preventing lipid peroxidation. 
In recent years, a number of potent antioxidant compounds have been isolated and identified from differ-
ent types of edible seaweeds. Extraction methods commonly used for the isolation of antioxidants are 
based on conventional water or organic solvent extractions. However, recent advances have shown that 
enzymatic hydrolysis can achieve higher yield of bioactive compounds from algae. Here we describe a 
method based on enzymatic hydrolysis which both increases yield and decreases cost associated with 
organic solvents. This method achieves cell wall disruption and breakdown of internal storage components 
for more effective release of intracellular bioactive compounds. In addition, hydrolysis of proteins pro-
duces peptides which may have antioxidant properties, thus enhancing the bioactivity of the algal extract. 
The method described can be used for production of extracts from red and brown macroalgal species.

Key words Antioxidants, Enzyme hydrolysis, Extraction, Glycosidases, Macroalgae, Proteases

1 Introduction

Extraction via enzymatic hydrolysis is an alternative method to 
conventional water and organic solvent extraction. The use of 
hydrolytic enzymes during the extraction process has shown 
increased extraction yield, improved release of secondary plant 
metabolites, and a higher bioactivity of extracts [1]. This approach 
has proven to be successful in extracting bioactive compounds 
from brown algae [2, 3].

The enzyme-assisted extraction is a simple and efficient method 
to extract natural antioxidants from seaweeds and is scalable to 
industrial scale. This method is also environmentally friendly as it 
does not use any organic solvents or other toxic chemicals and 
makes thus the extracts safe for food applications. In comparison to 
water and organic extractions, enzymatic based methods have been 
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demonstrated to increase the yield of phenolic compounds in the 
extracts and increased the antioxidant activity of, e.g., brown mac-
roalgae [2, 4].

Proteases are categorized according to their hydrolyzing mecha-
nism into endopeptidases and exopeptidases [5]. Exopeptidases 
yield single amino acids as they hydrolyze at the end of polypeptide 
chains. Endopeptidases hydrolyze proteins around specific amino 
acids within the polypeptide chain and release peptides of various 
lengths. The site of hydrolysis depends on the specificity of the pep-
tidase used. These hydrolytic enzymes can help rupturing the algal 
cell wall and breaking down internal storage materials. This enhances 
disruption of the algae and release of bioactive compounds. 
Additionally, peptides, produced from protein hydrolysis, can also 
increase the antioxidant activities of the extract [3, 6]. Also, bioac-
tive low-molecular-weight polysaccharides produced by hydrolysis 
of high-molecular-weight polysaccharides, using enzymes such as 
xylanases, fucosidases, and alginases, may contribute to enhanced 
antioxidant activities.

It must be kept in mind that the chemical composition of 
extracts is dependent on several factors: on the seaweed species of 
interest, the season of seaweed sampling, the environment, and the 
specificity of the enzyme used [2, 6–8]. As enzymes have evolved 
to be stable in the environment of their organism, enzymes have 
different optimal conditions (see Table 1). Combined with knowl-
edge of these factors, enzyme-assisted extraction has the potential 
to significantly enhance the effectiveness of extraction of com-
pounds with antioxidant activity. Commercial enzymes have shown 
to effectively improve the extraction yield of different enzymatic 
extracts from Palmaria palmata compared to water extract [6]. 
Additionally, the enzyme-assisted extraction increased the total 
phenolic content and antioxidant activity evaluated using oxygen 
radical absorbance capacity (ORAC) of the P. palmata extracts as 
seen in Table 2. P. palmata is a species with high protein content 
and in this example, all the proteases tested significantly enhanced 
the properties of the extracts compared to carbohydrases and water 
extraction.

2 Materials

 1. 3 % sodium chloride (NaCl) solution: Weigh 3 g of NaCl and 
add distilled water up to 100 mL.

 2. Use freshly collected algae (see Note 1) and carefully remove 
contaminants, such as sand and small invertebrates or epi-
phytes, with seawater or 3 % NaCl. After that, use tap water 
and distilled water.

Björn V. Adalbjörnsson and Rósa Jónsdóttir
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Table 1 
Examples of the optimum hydrolysis conditions, characteristics, and sources of specific enzymes

Enzymea

Optimum conditionsb

Characteristics SourcepH Temperature (°C)

Alacalase 2.4 L FG 8.0 Endopeptidase Bacillus licheniformis

AMG 300 L 4.5 60 Exo-1,4-a-d-glucosidase Aspergillus niger

Celluclast 1.5 L FG 4.5 50 Cellulase Trichoderma reesei 
ATCC 26921

Flavourzyme  
500 MG

7.0 50 Endoprotease and exopeptidase Aspergillus oryzae

Kojizyme 500 MG 6.0 40 Amino- and carboxy-peptidase A. oryzae

Neutrase 0.8 L 6.0 50 Metallo-endoprotease Bacillus 
amyloliquefaciens

Ultraflo L 7.0 60 Heat-stable multi-active b-glucanase Humicola insolens

Umamizyme 7.0 50 Endo- and exopeptidase complex A. oryzae

Termamyl 120 L 6.0 60 Heat-stable a-amylase B. licheniformis

Viscozyme L 4.5 50 A multienzyme complex (containing 
arabanase, cellulase, b-glucanase, 
hemicellulase, and xylanase)

Aspergillus 
aculeatus

Table adapted from ref. 6
aUmamizyme is obtained from Amano Enzyme Inc. (Nagoya, Japan). The other enzymes are from Novozymes A/S 
(Bagsvaerd, Denmark)
bDescribed in refs. 2, 9

 3. Blender.
 4. 1.0 mm sieve.
 5. Water bath.
 6. Whatman no. 4 filter paper.
 7. 1 M hydrochloric acid (HCl): Pour 8.3 mL of 12 M HCl in 

91.7 mL of distilled water.
 8. 1 M sodium hydroxide (NaOH): Dissolve 400 mg of NaOH 

in 90 mL of distilled water and then adjust the volume to 
100 mL.

 9. Enzymes: Follow the supplier’s information regarding the 
optimal conditions (temperature and pH) for the enzyme.

Enzyme-Enhanced Extraction
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3 Methods

Methods should be carried out at room temperature unless other-
wise specified.

 1. Cut the rinsed algae into small pieces (around 2 × 2 cm) and 
freeze them at −20 °C.

 2. Freeze-dry the small algal pieces.
 3. Grind the freeze-dried algae into a powder in a blender.
 4. Sieve the powder through a 1.0 mm sieve.
 5. Store the powder at −20 °C until extraction for up to 12 

months.

 1. Add 2 g of algal sample to 50 mL of distilled water and incu-
bate for 10 min in the dark at room temperature.

 2. Adjust the pH, using 1 M NaOH and/or HCl, to the optimal 
pH for the enzyme used (for examples see Table 1).

3.1 Preparation 
of Algae

3.2 Enzyme 
Hydrolysis of Algae

Table 2 
Extraction yield, total phenolic content (TPC), and ORAC values of different enzymatic extracts  
from P. palmata compared to water extract (WE)

Extraction yielda (%) TPCb (% GAE) ORAC valuec

WE Water extract 37.8 ± 1.9 0.52 ± 0.00 35.8 ± 1.4

Termamyl Carbohydrase extract 46.5 ± 1.3 0.25 ± 0.00 25.0 ± 1.3

Celluclast Carbohydrase extract 66.6 ± 2.2 0.27 ± 0.01 19.3 ± 1.9

AMG Carbohydrase extract 52.3 ± 2.0 0.31 ± 0.01 31.2 ± 1.2

Ultraflo Carbohydrase extract 68.3 ± 1.5 0.34 ± 0.01 36.3 ± 1.1

Viscozyme Carbohydrase extract 60.9 ± 1.3 0.62 ± 0.01 66.0 ± 0.8

Flavourzyme Protease extracts 57.4 ± 0.9 0.80 ± 0.01 88.1 ± 1.3

Neutrase Protease extracts 55.0 ± 2.1 0.86 ± 0.01 107.3 ± 1.2

Kojizyme Protease extracts 62.3 ± 0.9 0.87 ± 0.01 75.8 ± 5.0

Protamex Protease extracts 58.7 ± 1.5 0.98 ± 0.01 99.8 ± 3.1

Alcalase Protease extracts 58.0 ± 1.4 1.00 ± 0.01 138.6 ± 2.7

Umamizyme Protease extracts 76.3 ± 1.4 1.55 ± 0.02 148.6 ± 0.9

Values are means ± S.D. (n = 3). Data adapted from ref. 6
aExtraction yield expressed as g dried extract/100 g dried algal powder
bTPC, total phenolic content, % gallic acid equivalents (GAE)
cORAC, oxygen radical absorbance capacity (Trolox equivalents, μmol/g extract)
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 3. Add enzyme (50 mg or 50 μL, depending on in which form 
the supplier sells the enzyme) to the solution and incubate the 
enzymatic hydrolysis at the optimal temperature for the 
enzyme in a water bath for 24 h in the dark (see Note 2).

 4. After hydrolysis the reaction is terminated by boiling the sam-
ple in water bath at 100 °C for 10 min (see Note 3). This is 
followed by immediate cooling in an ice bath.

 5. Centrifuge the hydrolysate at 5,000 × g for 10 min at 4 °C.
 6. Remove the supernatant and filter through Whatman no. 4 

filter paper.
 7. Adjust the pH of the filtrate to pH 7.0 with 1 M HCl and/or 

NaOH.
 8. Freeze-dry the extract, weigh it to calculate the extraction 

yield (see Note 4), and store at −20 °C (see Note 5). Extract 
can be stored at −20 °C for up to 2 years without any signifi-
cant changes to total polyphenol content or ORAC values.

4 Notes

 1. This method can be used with red and brown macroalgal spe-
cies and enzymes used depend on the algal species and desired 
product. For hydrolysis of polysaccharide use glycosidase that 
hydrolyzes the major polysaccharide component of the cell wall, 
such as use of fucosidases when working with Fucus vesiculosus. 
To include peptides in the extract rather than proteins proteases 
can be used. This is mostly feasible when working with species 
with high protein content, such as P. palmata.

 2. Use a water extract (2 g algal powder extracted with 50 mL of 
distilled water for 24 h at room temperature) as a control.

 3. Heating should be kept to minimum as phlorotannins and 
phycoerythrin (for example in F. vesiculosus and P. palmata, 
respectively) are heat-sensitive molecules and can degrade 
 during the extraction and inactivation of the enzymes.

 4. The extraction yield is calculated as below:

 
Yield

Weight of freeze dried extract

Weight of dried algal samp
%( ) =  

lle
´100

 
 5. Hydrolysis of polysaccharides and proteins can increase the 

amount of oligosaccharides and peptides with different bioac-
tivity than desired. The use of alginase, during F. vesiculosus 
extraction, increases the amount of alginate oligosaccharides 
instead of producing fucoidan oligosaccharides with antioxi-
dant activity.

Enzyme-Enhanced Extraction
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    Chapter 9   

 Microwave-Assisted Extraction of Fucoidan 
from Marine Algae  

           Solange     I.     Mussatto    

    Abstract 

   Microwave-assisted extraction (MAE) is a technique that can be applied to extract compounds from different 
natural resources. In this chapter, the use of this technique to extract fucoidan from marine algae is described. 
The method involves a closed MAE system, ultrapure water as extraction solvent, and suitable conditions of 
time, pressure, and algal biomass/water ratio. By using this procedure under the specifi ed conditions, the 
penetration of the electromagnetic waves into the material structure occurs in an effi cient manner, generat-
ing a distributed heat source that promotes the fucoidan extraction from the algal biomass.  

  Key words     Extraction  ,   Degradation  ,   Fucoidan  ,   Fucose  ,   Heat  ,   Irradiation  ,   Marine algae  ,   Microwave  , 
  Monosaccharides  

1      Introduction 

 Microwave-assisted extraction (MAE) is a novel extraction tech-
nique that has been developed over the past decade and that has 
attracted signifi cant attention due to its different heating mecha-
nism, moderate capital cost, and good performance (similar or better 
yields are obtained when compared to conventional extraction 
processes, using less energy and solvent volume, and shorter extrac-
tion times) [ 1 ,  2 ]. For these reasons, the technology of MAE has 
been applied to extract compounds from a variety of natural 
resources including algae, plants, and lignocellulosic biomass. 

 Microwave is an electromagnetic radiation that consists of 
electric and magnetic fi elds oscillating perpendicularly to each 
other in frequencies varying from 300 MHz to 300 GHz [ 3 ]. The 
extraction process using microwaves involves the penetration of 
the electromagnetic radiation into the material structure, which 
induces the vibration of water molecules. As a consequence, the 
temperature of the intracellular liquids increases above boiling 
point, and the water evaporates and exerts pressure on the material 
cell wall. The signifi cant pressure developed inside the matrix 
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modifi es the physical properties of the biological tissue and 
increases the porosity of the material as a consequence, allowing a 
better penetration of the extraction solvent through the matrix. As 
a result of this process, the material cell wall breaks, releasing the 
intracellular components into the reaction medium [ 4 ,  5 ]. 

 MAE systems are classifi ed as “closed” or “open” systems in 
order to differentiate between procedures that operate above or 
under atmospheric pressure, respectively. In the case of the extrac-
tion method described in this chapter, a closed system will be used. 
This system is associated with high pressure and allows a random 
dispersion of microwave radiation in cavity by a mode stirrer [ 6 ,  7 ]. 
The extractions are carried out in sealed vessels which, after having 
been sealed, are placed in a rotating carousel, and this system is 
introduced into the microwave equipment. The pressure inside 
each vessel is controlled so that it does not exceed the working 
pressure, while the temperature can be regulated above the normal 
boiling point of the extraction solvent [ 3 ]. A representation of the 
closed system used for MAE is illustrated in Fig.  1 .  

 This chapter describes the use of the MAE technique to extract 
fucoidan from marine algae. Fucoidan is a complex and heteroge-
neous sulfated water-soluble polysaccharide produced by various 
marine organisms, mainly by brown macroalgae. In terms of chem-
ical composition, fucoidan is mainly composed of  L -fucose and sul-
fate groups, but it may also contain other hexose and pentose 
sugars (such as mannose, galactose, glucose, and xylose, among 
others), uronic acids, acetyl groups, and protein in the composi-
tion, which is species related [ 8 ]. The size and structure of the 
fucoidan molecule also differ among algal species and can vary even 
within the same species. In this chapter, the conditions of pressure, 
extraction time, and algal biomass/water ratio employed to extract 

extraction
vessel

rotating carousel

microwave
digestion oven 

electromagnetic
radiation

ba

  Fig. 1    Representation of the closed system used for MAE. ( a ) Sealed extraction vessels placed in the carousel, 
and ( b ) microwave digestion oven under operation with the carousel system inside       
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fucoidan from marine algae by MAE were established by using 
 Fucus vesiculosus  as macroalgal sample [ 9 ]. The structure and chem-
ical composition of fucoidan from  F. vesiculosus  are relatively sim-
ple, being mainly composed of  L -fucose and sulfate groups (Fig.  2 ). 
Fucoidans from other macroalgae have a more complex structure 
and chemical composition, but the methodology described in this 
chapter could also be applied to such seaweeds [ 10 ].   

2    Materials 

          1.    Petri dishes.   
   2.    Glass tubes for sample digestion.   
   3.    Qualitative fi lter paper (example: paper Whatman no. 131).   
   4.    Nylon fi ber for fi ltration ( see   Note 1 ).      

   Prepare all solutions using ultrapure water (prepared by purifying 
deionized water to attain a sensitivity of 18 MΩ cm at 25 °C) and 
analytical grade reagents. Prepare and store all the solutions at 
room temperature (unless indicated otherwise). Follow all waste 
disposal regulations when disposing chemical wastes.

    1.    1 % CaCl 2  solution (w/v): Dissolve 10 g of anhydrous CaCl 2  
(or the correspondent amount of the hydrated compound) in 
100 mL of water.   

2.1  Laboratory 
Supplies

2.2  Chemicals

O

OH
OSO3

-

O

OH
OSO3

-

OH

O

O

HO

HO

OSO3
-

OSO3
-

O

OSO3
-

O

O
R

R

R

R

  Fig. 2    Structure of the fucoidan molecule. For the brown macroalga  Fucus vesic-
ulosus , R is usually  L -fucose, but it can also include other monosaccharides such 
as xylose and galactose. For other macroalgae species, R may include a variety 
of pentose and hexose sugars, such as fucose, mannose, galactose, glucose, and 
xylose, among others       
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   2.    2 M trifl uoroacetic acid: Add 8.6 mL of trifl uoroacetic acid in 
water in a volumetric fl ask, and adjust the fi nal volume to 
100 mL ( see   Note 2 ).   

   3.    2 M NaOH solution: Dissolve 8 g of anhydrous NaOH in 
100 mL of water ( see   Note 3 ).   

   4.    Ethanol absolute.   
   5.    Acetone.      

       1.    Microwave digestion system equipped with several reaction 
vessels, valves, and tubing that allow external application of 
pressure to each vessel from a nitrogen tank. The vessels 
should be interconnected with tubing and placed in a rotating 
carousel. At least one of the vessels should be equipped with a 
pressure sensor that measures and controls the set point within 
the cell.   

   2.    Milling equipment.   
   3.    Sieves for separation of different particle sizes.   
   4.    Vacuum fi ltration system.   
   5.    High-performance liquid chromatography (HPLC) system.       

3    Methods 

 Carry out all procedures at room temperature unless otherwise 
specifi ed. 

       1.    If the marine algae were harvested on coastal areas or beaches, 
wash the algal material with tap water to remove salt residues, 
sand, and/or epiphytes. If the algal sample was acquired in a 
commercial store, proceed to the next step.   

   2.    Dry the algal material at 35 °C to constant weight.   
   3.    Mill the algae to particle sizes of approximately 1 mm. Particles 

lower than 1 mm should not be used in the analyses ( see   Note 4 ).      

       1.    Mix 1 g of milled algae with 25 mL of distilled water in each 
microwave extraction vessel ( see   Notes 5  and  6 ).   

   2.    Close the vessels; place them in the rotating carousel, and intro-
duce the system into the microwave equipment ( see   Note 7 ).   

   3.    Turn on the system and irradiate the suspensions at a pressure 
of 120 psi, with 630 W of microwave energy at a frequency of 
2.450 MHz, for 1 min ( see   Notes 8  and  9 ).   

   4.    Wait for the pressure to reach about 5 psi before opening the 
microwave equipment ( see   Note 10 ).   

   5.    Remove the vessels from the microwave and cool them in an 
ice bath for approximately 5 min.   

2.3  Equipments

3.1  Sample 
Preparation

3.2  Microwave- 
Assisted Extraction
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   6.    Filter the content of each vessel through nylon fi ber and under 
vacuum condition to separate the algal residue.   

   7.    Transfer the algal residue to Petri dishes or any other clean 
recipient and dry it at 35 °C until constant weight is achieved.   

   8.    Weigh the dried material to determine the fi nal mass obtained 
after extraction, which is needed to calculate the percentage of 
algae degraded during MAE.   

   9.    Store the dried extracted algae at room temperature and the 
liquid fraction after extraction in a closed recipient at 4 °C.      

       1.    To precipitate the alginate from the liquid fraction after MAE, 
add the same volume of 1 % CaCl 2  solution to the liquid and 
maintain the mixture at 4 °C for 8 h.   

   2.    Separate the precipitate by centrifugation (8.000 ×  g , 15 min, 
4 °C) followed by fi ltration using qualitative fi lter paper 
( see   Note 11 ).   

   3.    Dry the precipitated alginate in an oven at 35–40 °C until 
constant weight is achieved and determine the mass recovered 
by precipitation.      

       1.    To precipitate the fucoidan from the resulting liquid after algi-
nate removal, add double volume of ethanol absolute to the 
liquid and maintain the mixture at 4 °C for 8 h.   

   2.    Recover the ethanol-precipitated polysaccharide by centrifu-
gation (8.000 ×  g , 15 min, 4 °C) followed by fi ltration using 
qualitative fi lter paper.   

   3.    Wash the recovered precipitate (fucoidan) in two subsequent 
steps using ethanol absolute and then acetone. Use the same 
volume of solvents employed in the precipitation step.   

   4.    Dry the washed precipitate at 35 °C to constant weight and 
determine the mass of fucoidan recovered.   

   5.    Mill the recovered fucoidan and store in a dry place at room 
temperature.   

   6.    Discharge the liquid fraction obtained after the precipitation 
step.     

 The fucoidan extraction yield (% FEY) and the percentage of 
algae degraded during MAE (% AD) can be calculated by Eqs.  1  
and  2 , respectively, where FM is the mass of fucoidan (dry weight 
basis) obtained after precipitation with ethanol, IAW is the initial 
weight of dry algae used in the experiment, and FAW is the weight 
of dry algae recovered after MAE:

   % /FEY FM IAW= ( )´100    ( 1 )    

   
% /AD IAW FAW IAW= ( )( )´- 100

  
 ( 2 ) 

   

3.3  Alginate 
Precipitation

3.4  Fucoidan 
Precipitation
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         1.    To determine the sugars present in the fucoidan composition, 
mix 10–15 mg of the fucoidan sample with 0.5 mL of 2 M 
trifl uoroacetic acid in a glass tube.   

   2.    Seal the glass tube with nitrogen and maintain the reaction at 
121 °C for 2 h.   

   3.    Cool the tube in an ice-water bath and centrifuge (3.000 ×  g , 
15 min) to eliminate any resulting solid particles.   

   4.    Neutralize the liquid containing the soluble polysaccharide to 
pH 7 using a 2 M NaOH solution.   

   5.    Inject a neutralized sample in an HPLC system to determine 
the concentration of monomer sugars present ( see   Note 12 ).       

4    Notes 

     1.    A nylon sock can be used for fi ltration.   
   2.    The trifl uoroacetic acid has a strong odor. Inhalation of vapors 

of trifl uoroacetic acid may cause headaches, dizziness, fatigue, 
and weakness in limbs, coughing, chest pains, nausea, and 
vomiting. Therefore, the 2 M trifl uoroacetic acid solution 
must be prepared in a chamber with exhaustion of gases. Care 
must also be taken in order to avoid contact of this acid with 
the skin and eyes, which may cause irritation and burns.   

   3.    Take care when preparing the 2 M NaOH solution. This reac-
tion releases heat and therefore, this solution should be pre-
pared with the vessel placed in an ice bath for cooling.   

   4.    The algae can be milled using a home blender. Milled materi-
als must be kept in plastic bags or fl asks at room temperature. 
The milling step is important because it ensures uniformly dis-
tributed mass and a higher surface-to-volume ratio.   

   5.    The vessel must be dry and free of particulate matter. Drops of 
liquid or particles will absorb microwave energy, causing localized 
heating which may char and damage the vessel components.   

   6.    To prevent the co-extraction of other algal components dur-
ing the fucoidan isolation, the inclusion of a pretreatment step 
before MAE can be useful, particularly when it is known that 
the algal material is rich in lipids, terpenes, and/or phenols. 
Such compounds can be partially extracted from the algal 
structure together with the fucoidan molecule. For the pre-
treatment, mix 1 g of milled algae with 20 mL of solvent 
(chloroform/methanol at 2:1 (v/v)) in a fl ask and maintain 
the mixture under magnetic agitation at room temperature 
(23 °C) for 20 min. Then separate the pretreated algae by cen-
trifugation (2.500 ×  g , 20 min) and dry the material at 35 °C 
to a constant weight.   

3.5  Sugar 
Composition 
of Fucoidan
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   7.    At least one of the vessels must be equipped with a pressure 
sensor for measurement and control of the conditions within 
the cell.   

   8.    Prior to instrument operation: (1) check that the carousel, 
vessels, and tubing are correctly connected and placed in the 
system; (2) check the door seal and sealing surfaces of the 
microwave; and (3) ensure that the door closes properly.   

   9.    The system can take several minutes to attain the desired 
extraction conditions. The reaction time should be considered 
only after these conditions are reached.   

   10.    For safety reasons it is necessary to wait for this signifi cant 
reduction in pressure before opening the microwave 
equipment.   

   11.    The alginate precipitate adheres to the centrifuge tube, which 
therefore must be pre-weighed in order to determine the dry 
weight of alginate after drying the precipitate. However, the 
liquid fraction must also be fi ltered after being centrifuged, in 
order to recover possible mass of precipitated alginate that 
has not adhered to the centrifuge tube during the centrifuga-
tion step.   

   12.    A MetaCarb 87P (300 × 7.8 mm) column operated at 80 °C or 
any other column with similar characteristics can be used at 
this stage for the determination of sugars, since it is able to 
promote an effi cient separation of hexose and pentose sugars. 
Use deionized water as mobile phase at a fl ow rate of 0.4 mL/
min and an RI detector for analyses.         
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    Chapter 10   

 Extraction and Analysis of Oxylipins from Macroalgae 
Illustrated on the Example  Gracilaria vermiculophylla  

           Dominique     Jacquemoud     and     Georg     Pohnert    

    Abstract 

   Oxylipins are natural products that are derived by oxidative transformations of unsaturated fatty acids. These 
metabolites are found in a wide range of organisms from the animal kingdom to plants and algae. They 
represent an important class of signaling molecules, mediating intra- and intercellular processes such as 
development, infl ammation, and other stress responses. In addition, these metabolites directly function as 
chemical defense against grazers and pathogens. In the red alga  Gracilaria vermiculophylla , oxylipin produc-
tion is initiated by mechanical tissue disruption and can also be induced in intact algae in response to external 
stress signals. The defense metabolites mostly result from the lipase- and lipoxygenase- mediated conversion 
of phospho- and galactolipids. Oxylipins can vary greatly in their size, degree of unsaturation, oxidation 
state, and functional groups. But also isomers with only subtle chemical differences are found. A variety of 
methods have been developed for separation, detection, and identifi cation of oxylipins. This chapter focuses 
on the analysis of oxylipins in macroalgae and covers all aspects from sample preparation (including proto-
cols for the investigation of oxylipins in wounded and intact algal tissue), extraction, purifi cation, and sub-
sequent analysis using liquid chromatography coupled to a UV detector or a mass spectrometer. The 
protocols developed for  G. vermiculophylla  can be readily adapted to the investigation of other macroalgae.  

  Key words     Arachidonic acid  ,    Gracilaria vermiculophylla   ,   Hydroxyeicosatetraenoic acids  , 
  Leukotrienes  ,   Macroalgae  ,   MS  ,   Oxylipins  ,   Prostaglandins  ,   UPLC  ,   UV  

1      Introduction 

 Oxylipins are found in several marine macroalgae where their func-
tion has been mainly attributed to chemical defense [ 1 – 5 ]. But 
algal oxylipins are also involved in the biosynthesis of pheromones 
as it is the case for marine brown algae [ 6 ]. Especially prolifi c are 
red algae that produce a wide variety of mainly C 2 O fatty acid- 
derived oxylipins that, in part, are also known as regulatory hor-
mones in mammals [ 7 ]. Detailed investigations on the oxylipins of 
 Gracilaria  spp. have been reported over the last decades. A sum-
mary fi gure describing the main pathways involved in the biosyn-
thesis of  Gracilaria  oxylipins is presented in Fig.  1 : the 
cyclooxygenase (COX) pathway leads to the prostaglandins E 2  
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(PGE 2 ,  1 ), 15-keto E 2  (15 k-PGE 2 ,  2 ), PGA 2  ( 3 ), PGF a2  ( 9 ), and 
PGE 3  ( 10 ) (numbers correspond to structures in Fig.  1 ) [ 2 ,  8 ,  9 ]. 
Lipoxygenases (x-LOX) can insert a hydroperoxide at the position 
 x  = 5, 8, 9, 11, 12, or 15 and the resulting hydroperoxy-fatty acids 
can be further transformed to alcohols, ketones, or epoxides. 
Starting from arachidonic acid ( 8  in Fig.  1 ) these transformations 
typically lead to hydroxyeicosatetraenoic acids (HETE), keto- 
eicosatetraenoic (KETE) acids, and epoxy eicosatrienoic acids. 
Starting from HPETEs, hydroperoxide isomerases can lead to the 
formation of dihydroxyeicosatetraenoic acids (like 7,8- di -HETE,  5  
in Fig.  1 ) [ 10 ] and the formation of leukotrienes like leukotriene B 4  
(LTB 4 ,  4  in Fig.  1 ) can be rationalized from epoxy intermediates. 
Other arachidonic acid-derived metabolites have been identifi ed, 
but their biosynthesis remains uncertain. Another important path-
way regarding oxylipin synthesis that is based on cytochrome P450-
mediated transformations has not been described in  Gracilaria  spp.  

 Here, we introduce a protocol for the comprehensive analysis 
of oxylipins that was developed for  Gracilaria vermiculophylla  
(Ohmi) Papenfuss (formerly  G. verrucosa ), which can also be 
applied to the investigation of oxylipins from other algae (with 
minor modifi cations). The red alga  G. vermiculophylla  is native to 
the north-west Pacifi c but has become invasive over the last 20 
years and is now also distributed along the coasts of the Atlantic 
and Pacifi c oceans, as well as in the North and Baltic Seas [ 11 ]. It 
is thus readily available for method testing. Its invasive success has 
been attributed to its robustness and apt defenses. Attention has 
mainly focused on defense metabolites produced in response to 
wounding and induction. But since  Gracilaria  spp. are used as 
food in human nutrition and several of the detected oxylipins can 
cause severe food poisoning, the method described here can also 
directly be applied for monitoring of toxicity in this context. 

 The protocol presented here introduces methods for the iden-
tifi cation of wound-activated as well as constitutively produced 
oxylipins. We also describe a minor variation that can be used to 
identify precursor fatty acids of algal oxylipins by using isotope- 
labeled probes. The method generally allows following the enzy-
matic conversion of lipids and arachidonic acid (AA,  8  in Fig.   1  ), 
leading to an array of oxylipins [ 1 ,  4 ]. We introduce extraction and 
purifi cation protocols as well as chromatographic and mass spectro-
metric procedures for an in-depth analysis of the oxylipin profi les.  

2    Materials 

 Prepare all solutions and medium using ultrapure water (0.55 μS) 
and/or analytical grade solvents. Use HPLC/MS-grade solvents 
for liquid chromatography and analytical grade solvents for 
extraction. 

Oxylipins from Macroalgae
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       1.     Gracilaria vermiculophylla  is a perennial red macroalga (Fig.  2 ) 
that can be collected throughout the year. It is usually found 
in intertidal regions, which makes collection easy. The alga is 
often encountered in muddy locations where water forms 
small ponds. It can be found with different degree of epiphyt-
ism by microorganisms, barnacles, and other seaweeds.    

   2.    Remove the major fouling mass by brushing with a soft tooth-
brush in order to minimize contamination of the extracts. 
During cleaning utmost care has to be taken that no tissue 
damage occurs.   

   3.    Since  G. vermiculophylla  is very robust it can also be kept in 
culture before further investigation ( see   Note 1 ). However, it 
has to be noted that some chromatographic peaks found in 
algae freshly collected from the sea were not encountered in 
individuals kept longer than a month in culture. Analysis of 
samples should thus ideally be conducted as soon as possible 
after collection if properties of fresh material are of concern.      

       1.    A standard porcelain mortar and pestle.   
   2.    Liquid nitrogen.   

2.1  Algal Material

2.2  Grinding 
and Freeze- Drying

  Fig. 2     Gracilaria vermiculophylla . ( a )  G. vermiculophylla  invasive along the German North Sea coasts. ( b ) Whole 
thallus. ( c ) Detail of a thallus       
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   3.    Freeze-dryer, Alpha 1-2 LDplus (Christ, Osterode am Harz, 
Germany) ( see   Note 2 ).      

       1.    [5,6,8,9,11,12,14,15- 2 H8]-arachidonic acid (Cayman 
Chemical, Tallinn, Estonia).   

   2.    2-[ 2 H 1 ] or 2-[ 2 H 2 ]-arachidonic acid synthesized according to 
reference [ 12 ] .       

       1.    Methanol.   
   2.    1.5 mL microtubes with clamps ( see   Note 3 ).   
   3.    Centrifuge for microtubes.   
   4.    Ultrasonic bath.      

       1.    OASIS HBL ( N -vinylpyrrolidone-divinylbenzene-copolymer) 
1 cc/10 mg (Waters, Eschborn, Germany).   

   2.    Heptane.   
   3.    Diethyl ether.   
   4.    Ethyl acetate.   
   5.    Methanol.   
   6.    Ultrapure water.   
   7.    Vacuum manifold system.   
   8.    Vacuum pump and controller.   
   9.    4 mL glass vials.      

       1.    Prepare mobile phases for UPLC analyses by mixing the sol-
vents for mobile phases A and B, respectively, that are ali-
quoted in glass measuring cylinders using UPLC/MS-grade 
solvents: Mobile phase A: 0.1 % formic acid (w/v) in 2 % ace-
tonitrile in ultrapure water (v/v); mobile phase B: 0.1 % for-
mic acid (w/v) in acetonitrile.   

   2.    An Acquity ultraperformance liquid chromatography system 
(UPLC, e.g., Waters, Manchester, UK, or equivalent) 
equipped with a 5 cm BEH C18 UPLC column (2.1 mm, 
1.7 μm; Waters or a similar C18 column) at 30 °C: In our case, 
the LC was coupled to a Waters 2996 PDA UV-Vis detector 
and a time-of- fl ight Q-TOF micro mass spectrometer (Waters) 
equipped with electrospray ionization (ESI) ( see   Note 4 ). 
MassLynx V4.1 software (Waters) was used to pilot the instru-
ment and process the data.   

   3.    ESI-MS parameters: Set the capillary voltage to 2,700 V in 
negative mode. In positive mode, set the capillary to 3,000 V 
( see   Note 5 ). Set the sample cone voltage to 25 V, the cone gas 
fl ow to 20 L N 2 /h, and the desolvation gas fl ow to 700 L N 2 /h. 
Set the source temperature to 120 °C and the desolvation 

2.3  Labeling 
the Products 
of Arachidonic Acid 
Metabolism

2.4  Extraction

2.5  Enrichment

2.6  LC/MS
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temperature to 300 °C. Set the collision energy to 10 V. Values 
are instrument dependent and should be adjusted by tuning 
before measurements.   

   4.    Record UV-Vis spectra between 190 and 300 nm with a reso-
lution of 1.2 nm at a rate of 1 scan/s, interpolating at 656 nm.       

3    Methods 

 The wound-activated formation of oxylipins occurs rapidly in 
 G. vermiculophylla . If the oxylipin content in intact tissue is con-
cerned, shock-freezing in liquid nitrogen and handling in the cold 
until the sample contains no remaining water after lyophilization 
are essential ( Procedure A ). For investigation of the sum of oxy-
lipins in intact tissue and those formed after wounding an alterna-
tive,  Procedure B  is recommended. In  Procedure C  a guideline 
for labeling experiments with biosynthetic precursors is described. 

 This protocol will be presented for thalli of approximately 
5 cm in length and a wet weight of ca. 200 mg. Under the condi-
tions described, enough extract is obtained to perform various ana-
lytical experiments and repeated LC/MS measurements. The 
protocol can however be scaled to accommodate different amounts 
of sample. Especially for the preparative purifi cation of oxylipins a 
scale-up is required. 

       1.    Collect intact  G. vermiculophylla  from fi eld sites or laboratory 
cultures. In case of epiphytized material clean algae with a soft 
toothbrush without damaging the tissue. Samples can be incu-
bated in seawater for several days to study the impact of vari-
ous stress conditions (epiphytism, grazing, etc.). It is advised 
to collect samples which match the desired size and mass with-
out having to cut them, as this would cause local wounding. 
Select pieces of ca. 5 cm in length ( see   Note 6 ). Rinse briefl y 
under tap water.   

   2.    Dry the sample between layers of tissue.   
   3.    Precool the mortar with liquid nitrogen, put the algal thallus 

into the mortar, and pour in liquid nitrogen. Grind until a 
very fi ne powder is obtained. Add liquid nitrogen if required 
to keep the sample cold at all times ( see   Note 7 ).   

   4.     Procedure A:  To monitor oxylipins in intact tissue, cool a pre- 
weighed microtube with liquid nitrogen. Cool the spatula by 
dipping in liquid nitrogen, and transfer the cold material in 
the microtube. Proceed immediately with point 5. 

  Procedure B:  If the wound-activated production of oxylipins 
is to be investigated, let the sample thaw in the mortar and 
incubate for 10 min at room temperature ( see   Note 8 ). During 
thawing the grayish powder will turn brown, and then take on 

3.1  Collection 
and Processing 
of Algal Material
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a red/brown color. The consistence changes to a slimy tex-
ture. Transfer to a pre-weighed microtube and proceed with 5. 

  Procedure C:  If biosynthetic investigations are to be con-
ducted, suspend 2 mg of labeled precursor molecules, such as 
deuterated arachidonic acid, in 15 μL of water assisted by soni-
cation. Add to the sample. Mix by additional grinding, let the 
sample thaw in the mortar, and incubate for 10 min at room 
temperature ( see   Note 8 ). During thawing the grayish powder 
turns brown and then takes on a red/brown color. The con-
sistence changes to a slimy texture. Transfer to a pre-weighed 
microtube and proceed with 5.   

   5.    Close the microtube, seal with a clamp, and store it in liquid 
nitrogen until freeze-drying ( see   Note 3 ).   

   6.    Open the lid and transfer the cold sample in a freeze-dryer. 
Proceed to full dryness of the sample (at least 6 h).      

       1.    Weigh the tube and determine dry weight (ca. 20 mg) by sub-
tracting weight of the microtube.   

   2.    Add 400 μL of methanol to the powder.   
   3.    Sonicate in ultrasonic bath for 5 min ( see   Note 9 ).   
   4.    Centrifuge for 90 s at 16,000 ×  g .   
   5.    Transfer the supernatant to a microtube.   
   6.    Repeat from  step 2  three times. Pool the supernatants. The 

powder should turn from brownish to a pinkish shade of red. 
The solvent should be almost colorless after the last extraction 
step ( see   Note 10 ).      

   Enrichment of the extract and partial purifi cation can be realized 
on a Waters OASIS ®  HLB SPE cartridge ( see   Note 11 ).

    1.    Dilute the samples to a fi nal 10 % methanol content (v/v), 
using deionized water.   

   2.    Place the SPE cartridge on the vacuum manifold. A vacuum of 
600 Torr should be applied.   

   3.    Condition the cartridge with 4 mL of methanol.   
   4.    Equilibrate with 4 mL of 10 % methanol in water (v/v).   
   5.    Load the sample on the cartridge ( see   Note 12 ).   
   6.    Wash the cartridge with 4 mL of water, to remove salts.   
   7.    Wash with 4 mL of 10 % methanol.   
   8.    Perform a fi rst elution using 4 mL of heptane. Discard this 

unpolar fraction not containing oxylipins ( see   Note 13 ).   
   9.    Elute the oxylipin fraction using 4 mL of diethyl ether and 

collect the eluate in a 4 mL glass vial.   

3.2  Oxylipin 
Extraction

3.3  Enrichment 
and Partial Purifi cation 
of the Oxylipin 
Fraction
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   10.    Elute more polar metabolites by fl ushing the column with 
4 mL ethyl acetate, and then 4 mL methanol ( see   Note 14 ).   

   11.    The cartridge can be reconditioned and used again ( see   Note 15 ).   
   12.    Remove solvent under a gentle fl ow of nitrogen.   
   13.    Redissolve the fractions in methanol to give equal concentra-

tions normalized to the determined dry weight (add 1 mL of 
methanol per 20 mg dry weight).    

         1.    Set the fl ow rate used at 0.6 mL/min and elute samples using 
a gradient of the two mobile phases A and B. The elution pro-
gram is presented in Table  1 .

       2.    Inject 2 μL of the sample; this volume should provide strong 
signals ( see   Note 16 ).   

   3.    UV-Vis detection: Record spectra with a DAD detector moni-
toring UV wavelength range between 190 nm and 300 nm 
(Fig.  3  presents UV spectra of the identifi ed oxylipins).    

   4.    Mass spectrometry: Record mass spectra in negative ionization 
mode ( see   Note 5 ) throughout the chromatographic separation 
at a scan rate of 0.32 scans/s with an inter scan delay of 0.1 s 
and a scan range from 60 to 1,000  m / z .     

 Figure  4  presents a typical base peak intensity chromatogram 
of the extract from wounded  G. vermiculophylla . Oxylipins elute 
mainly between 2 and 5.5 min. The mass spectra of the identifi ed 
oxylipins and arachidonic acid are presented in Fig.  5 . If labeled 
arachidonic acid is applied ( Procedure C ) oxylipins with >20 % 
labeling can be clearly detected in the mass spectra. Although 
7,8- di -HETE is labeled in  G. vermiculophylla  [ 4 ], it is not found as 

3.4  Sample 
Analysis: Liquid 
Chromatography/
Mass Spectrometry

   Table 1  
     Elution program   

 Time (min)  Mobile phase A (%)  Mobile phase B (%) 

 0.00  100.0  0.0 

 0.50  100.0  0.0 

 1.00  75.0  25.0 

 5.50  40.0  60.0 

 6.50  0.0  100.0 

 8.00  0.0  100.0 

 8.50  100.0  0.0 

 9.00  100.0  0.0 

  Mobile phase A: 0.1 % formic acid and 2 % acetonitrile in water 
 Mobile phase B: 0.1 % formic acid in acetonitrile 
 Flow 0.6 mL/min  

Dominique Jacquemoud and Georg Pohnert



167

labeled compound in its close relative  G. chilensis , suggesting an 
origin other than metabolic conversion of free arachidonic acid. 
It has been hypothesized that 7,8- di -HETE is directly released 
from galactolipids [ 1 ].   

 Table  2  summarizes the known oxylipins identifi ed in 
 G. vermiculophylla , their retention time, maxima of UV absorp-
tion, and signifi cant fragment ions in ESI-MS.

  Fig. 3    UV spectra of main  G. vermiculophylla  oxylipins.  Numbers in brackets  refer to compounds detailed in Fig.  1        

  Fig. 4    Typical UPLC-MS in base peak monitoring mode of wounded  G. vermiculophylla . † Peak only detectable 
in ESI-positive mode. For each peak, retention time,  m/z , and numbers referring to Fig.  1  are given       
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  Fig. 5    Mass spectra (ESI-negative ionization) of  G. vermiculophylla  oxylipins unless mentioned otherwise. 
 Numbers in brackets  refer to compounds detailed in Fig.  1        
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4        Notes 

     1.    The alga can withstand desiccation and is tolerant against tem-
perature variation between 5 and 25 °C. It can be cultivated in 
waters with salinity ranging from 15 to 35. Instant Ocean 
medium (Aquarium Systems, France) can be used to keep the 

   Table 2  
  Summary table of oxylipins identifi ed from  G. vermiculophylla. m / z  are arranged according 
to descending intensity   

 Metabolite 
 Retention 
time (min)  UV (nm)  ESI-negative ( m / z )  ESI-positive ( m / z ) 

 PGE 2  ( 1 )  2.41  194  351.2 [M–H] − , 315.2 [M–H–
2H 2 O] − , 333.2 [M–H–H 2 O] − , 
419.2 [M–H + HCOONa] − , 
271.2 [M–H–H 2 O–CO 2 ] − , 
233.1 

 375.2 [M + Na] + , 299.2 
[M + H–3H 2 O] + , 317.2 
[M + H–2H 2 O] + , 335.2 
[M + H–H 2 O] +  

 15 k-PGE 2  ( 2 )  2.59  194, 232  349.2 [M–H] − , 331.2 [M–H–
H 2 O] − , 287.2 [M–H–H 2 O–
CO 2 ] − , 235.1, 417.2 [M–H +
HCOONa] −  

 373.2 [M + Na] + , 315.2 
[M–H–2H 2 O] + , 
333.2 [M + H–H 2 O] +  

 PGA 2  ( 3 )  3.16  193, 221  333.2 [M–H] − , 315.2 [M–H–
H 2 O] − , 271.2 [M–H–H 2 O–
CO 2 ] − , 401.2 
[M–H + HCOONa] − , 233.1, 
189.1 

 317.2 [M + H–2H 2 O] + , 
299.2 [M + H–H 2 O] + , 
357.2 [M + Na] +  

 LTB 4  ( 4 )  3.74  Not 
measured 

 335.2 [M–H] − , 317.2 [M–H–
H 2 O] − , 403.2 
[M–H + HCOONa] − , 273.2 
[M–H–H 2 O–CO 2 ] − , 171.0 

 Not measured 

 7, 8-diHETE ( 5 )  4.16  240  335.2 [M–H] − , 317.2 [M–H–
H 2 O] − , 403.2 
[M–H + HCOONa] − , 273.2 
[M–H–H 2 O–CO 2 ] − , 171.0 

 359.2 [M + Na] + , 375.2 
[M + K] + , 301.1 
[M + H–2H 2 O] + , 
319.2 [M + H–H 2 O] +  

 8-HETE ( 6 )  5.24  237  319.2 [M–H] − , 301.2 [M–H–
H 2 O] − , 387.2 
[M–H + HCOONa] − , 257.2 
[M–H–H 2 O–CO 2 ] − , 455.2 
[M–H + HCOONa] − , 155.0 

 303.2 [M + H–H 2 O] + , 
359.2 [M + K] + , 343.2 
[M + Na] +  

 Conjugated 
tetraene 
lactone ( 7 ) 

 6.33  293, 306, 
321 

  n.d.   301.2 [M + Na] + , 241.2, 
151.1, 323.2 
[M + Na] +  

 AA ( 8 )  6.38  198  301.2 [M–H] − , 371.2 
[M–H + HCOONa] − , 259.2
[M–H–CO 2 ] −  

 305.2 [M + H] + , 287.2 
[M–H 2 O] +  
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alga over several weeks. The medium has to be exchanged 
regularly every week and the concentration of the alga should 
be kept below 50 g/L of (artifi cial) seawater, ideally 10 g/L.   

   2.    Lyophilization allows easy handling of the samples. If a freeze- 
dryer is not available,  Procedure B  and  Procedure C  can still 
be followed without bringing any change to the protocol 
described here.  Procedure A , however, needs to be carried out 
under constant cooling, taking care never to let the sample 
temperature rise above −20 °C to prevent enzyme activity. In 
this case samples would have to be kept in liquid nitrogen or on 
dry ice. The extraction solvent should be precooled to −20 °C   .   

   3.    Even though safe-lock microtubes are designed to withstand 
liquid nitrogen, it is advisable to use clamps to ensure that the 
overpressure caused by the evaporation of liquid nitrogen and 
that of solvents during sonication will not cause the opening 
of the tube lid during manipulation or centrifugation.   

   4.    Metabolic profi ling can be performed on any ESI LC/MS sys-
tems with adaptation of tuning parameters, solvent, and gas fl ows.   

   5.    Electrospray ionization in negative ion mode is highly recom-
mended, as the sensitivity for nearly all oxylipins is much 
higher than in the positive mode. However, metabolite  7  is 
only detected in positive mode.   

   6.    It is advised to select one 5 cm fragment for each analysis if 
appropriate material is available. If the length of the thalli is 
smaller pool several thalli. Determining the fresh weight of 
such comparably small pieces of algal tissue is problematic. 
Normalization by exact weighing after freeze-drying gives 
more accurate results.   

   7.    It is of utmost importance to work in liquid nitrogen. Working 
on ice does not prevent enzymatic activity. We do not recom-
mend heat treatment to inactivate enzymes since this causes 
damage to the thermolabile oxylipins and does not lead to 
reproducible results. Working with liquid nitrogen can cause 
severe freeze burns. Always wear proper protective gloves, lab 
coat, long pants, and heavy shoes. Safety goggles are required.   

   8.    For larger samples it is recommended to help the thawing pro-
cess by stirring the powder with a spatula. The mortar can be 
partially immersed in a warm water bath to accelerate the 
thawing process.   

   9.    If no ultrasonic bath is available, use a vortex instead.   
   10.    Samples stored in methanol at −20 °C are stable over several 

months.   
   11.    Other types of cartridges can be used. Chromabond EASY 

   (modifi ed polystyrene-divinylbenzene copolymer) 1 cc/10 mg 
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cartridges (Macherey-Nagel, Düren, Germany) and Bakerbond 
Octadecyl (C18) 1 cc/10 mg cartridges (J.T. Baker, 
Phillipsburg, NJ, USA) were also tested. They are suitable for 
oxylipin extraction; however the EASY cartridges required 
more solvent to completely elute the oxylipin fraction. The 
C18 cartridges yielded more non-oxylipin peaks in the oxy-
lipin fraction.   

   12.    Even if the fl ow-through is green, it was verifi ed using ESI-MS 
that it contains no detectable oxylipins. This procedure was 
tested with extract from up to 1 g of algal material extracted 
with a volume of 10 mL of methanol, diluted to 100 mL with-
out any losses. SPE cartridge size can be adjusted for larger 
sample sizes.   

   13.    Arachidonic acid is partially eluted at this step. If arachidonic 
acid is to be quantifi ed, reserving an aliquot of the extract is 
advised.   

   14.    Indirect evidence indicates that unknown polar oxylipins 
might be contained in this fraction as well. Two metabolites of 
 m/z  458.2 and 456.2 with retention times of 1.63 and 
1.70 min, respectively, elute in the fi nal methanol fraction, 
independently of the SPE cartridge type used. Given their 
even mass, it is probable that these metabolites carry a peptide 
group.   

   15.    OASIS HLB cartridges tolerate desiccation and can be dried 
after rinsing with methanol, to be used another time. C18 SPE 
cartridges tend not to tolerate desiccation. While they can be 
reused directly to process several extracts in a row, it is not 
recommended to dry them and store them for later usage.   

   16.    Adapt injection volume to the LC/MS system if the peaks’ 
intensities are not at their optima.         
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Chapter 11

Lipids and Fatty Acids in Algae: Extraction, Fractionation 
into Lipid Classes, and Analysis by Gas Chromatography 
Coupled with Flame Ionization Detector (GC-FID)

Freddy Guihéneuf, Matthias Schmid, and Dagmar B. Stengel

Abstract

Despite the number of biochemical studies exploring algal lipids and fatty acid biosynthesis pathways and 
profiles, analytical methods used by phycologists for this purpose are often diverse and incompletely 
described. Potential confusion and potential variability of the results between studies can therefore occur 
due to change of protocols for lipid extraction and fractionation, as well as fatty acid methyl esters (FAME) 
preparation before gas chromatography (GC) analyses. Here, we describe a step-by-step procedure for the 
profiling of neutral and polar lipids using techniques such as solid–liquid extraction (SLE), thin-layer chro-
matography (TLC), and gas chromatography coupled with flame ionization detector (GC-FID). As an 
example, in this protocol chapter, analyses of neutral and polar lipids from the marine microalga Pavlova 
lutheri (an EPA/DHA-rich haptophyte) will be outlined to describe the distribution of fatty acid residues 
within its major lipid classes. This method has been proven to be a reliable technique to assess changes in 
lipid and fatty acid profiles in several other microalgal species and seaweeds.

Key words FAME analysis, GC-FID, Lipid class separation, Microalgae, Seaweeds, Thin-layer 
chromatography

1 Introduction

Seaweeds and microalgae are known to synthesize large amounts 
of long-chain polyunsaturated fatty acids (LC-PUFA), such as 
eicosapentaenoic (EPA, 20:5 n-3) and docosahexaenoic (DHA, 
22:6 n-3) acids, with important neutraceutical and pharmaceutical 
applications [1, 2]. Microalgae also have the ability to accumulate 
oil (triacylglycerols, TAG) as potential feedstock for biodiesel pro-
duction [3]. However, due to the metabolic plasticity of algae, 
their lipid and fatty acid profiles are highly variable between spe-
cies, and strongly affected by abiotic factors and other habitat 
changes [4]. Indeed, some microalgal species have the ability to 
produce substantial amounts (i.e., 20–50 % dry cell weight) of 
TAG under stress conditions, such as high light, alkaline pH, and 
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nutrient depletion, reaching up to ~80 % in some species [4, 5]. 
Recent studies have also revealed that the fatty acid content and 
composition in seaweeds can vary spatially and temporally [1]. 
Prior to considering the production of n-3 LC-PUFA for human 
health applications, or biodiesel from autotrophic algae, it is crucial 
to identify, and better understand, the mechanisms by which bio-
chemical and environmental factors trigger oil and LC-PUFA 
accumulation in algae.

As in higher plants, polar lipids (i.e., glycolipids and phospho-
lipids) are the major constituents of cellular membranes in algae [6, 7]. 
Glycolipids are located predominantly in photosynthetic mem-
branes, and plastid lipids in algae are mainly represented by mono-
galactosyldiacylglycerol (MGDG), digalactosyldiacylglycerol 
(DGDG), and sulfoquinovosyldiacylglycerol (SQDG). The major 
phospholipids in most algal species are phosphatidylcholine (PC), 
phosphatidylethanolamine (PE), and phosphatidylglycerol (PG). 
In addition, phosphatidylserine (PS), phosphatidylinositol (PI), 
and diphosphatidylglycerol (DPG) may also be found in substan-
tial quantities. In addition to these common glycolipids and phos-
pholipids, other lipids have been reported from some algal species 
(i.e., sulfoquinovosylmonogalactosylglycerol, SQMG; diacylglyc-
eryl hydroxymethyl-N,N,N-trimethyl-β-alanine, DGTA; diacylg-
lyceryl carboxyhydroxymethylcholine, DGCC; diacylglyceryl 
glucuronide, DGGA). The presence of betain lipids (BL i.e., 
DGTA, DGCC, DGGA) in some algal species even suggested that 
these compounds might replace PC in terms of metabolic role [8, 9]. 
However, in most photoautotrophic algae, LC-PUFA are mainly 
accumulated into complex polar lipids constituting membranes, 
while triacylglycerols (TAG) are predominantly constructed of sat-
urated (SFA) and monounsaturated (MUFA) fatty acids  
[10–12]. Only few species (e.g., Pavlova lutheri) have the ability to 
accumulate lipids and triacylglycerols containing n-3 LC-PUFA 
under specific growth conditions such as high inorganic carbon 
supply and nitrogen limitation [11, 13]. These species are there-
fore prominent candidates for n-3 LC-PUFA-oil production.

In this context, research on algal lipids has gathered significant 
interest over the last few years, aiming to better understand the 
mechanisms of oil or valuable fatty acids accumulation in algae, 
and methods for effective lipid and fatty acid analysis are essential. 
Today, expensive techniques and instruments such as thin-layer 
chromatography coupled to flame ionization detector (TLC-FID), 
thin-layer chromatography matrix-assisted laser desorption and 
ionization-mass spectrometry (TLC-MALDI-MS), or high perfor-
mance liquid chromatography coupled to atmospheric pressure 
chemical ionization-mass spectrometry (HPLC-ACPI-MS) are 
available and these are used to separate and quantify lipids. 
However, we describe in this chapter a more conventional and 
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less- expensive step-by-step procedure (Fig. 1) for neutral and polar 
lipid profiling using techniques such as thin-layer chromatography 
(TLC) and gas chromatography coupled with flame ionization 
detector (GC-FID). Briefly, the total lipids are extracted from algal 
biomass by solid–liquid extraction (SLE), the major lipid classes 
are fractionated using silica cartridges and TLC, and the individual 
lipid classes are scraped from the TLC plates and converted to fatty 
acyl methyl esters (FAME) by direct or nondirect transmethyl-
ation, before analysis by GC-FID. The marine microalga Pavlova 
lutheri (Haptophyta) is used as a model to illustrate the analytical 
procedure described thereby.

2 Materials

All chemicals should be analytical or HPLC grades. Use borosili-
cate glassware and plastic products that are resistant to chemicals 
and compatible with the solvents used.

Lipid extraction from 
freeze-dried algal biomass

Lipid separation
by silica cartridge chromatography

Separation of neutral and 
polar lipids by TLC

Non-destructive staining
e.g. Iodine vapors

Scrap off the lipid fractions / spots

FAME preparation

GC-FID analysis

Lipid class visualization / identification

Destructive staining
e.g. Copper solution, α-naphtol

Fig. 1 Schematic representation of neutral and polar lipid analysis from freeze-dried algal biomass (seaweed 
or microalgae)

Lipids and Fatty Acids in Algae
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 1. Freeze-dryer system.
 2. Food blender.
 3. Laboratory test sieve (250 or 500 μm).
 4. Ultrasonic bath.
 5. Centrifuge.
 6. Rotavapor (equipped with a heating bath and a vacuum 

pump).
 7. Nitrogen evaporator system.
 8. Silica cartridges 500 mg (e.g., Bond Elut™ JR-SI).
 9. Glass syringes 20 mL.
 10. TLC chambers.
 11. TLC plates (e.g., Silica Gel 60, 20 × 20 cm, 0.25 mm thick-

ness, Merck, Darmstadt, Germany).
 12. TLC reagent sprayer.
 13. 15 mL Pyrex® borosilicate glass tubes equipped with Teflon 

(PTFE)-lined screw cap.
 14. Electrical sand-bath (e.g., magnetic hotplate stirrer + Pyrex® 

borosilicate glass beaker containing sand).
 15. Gas chromatography system equipped with a flame ionization 

detector and a fused silica capillary column (e.g., DB- WAXETR 
0.25 mm × 30 m × 0.25 μm, Agilent Technologies, USA).

 16. Gas chromatography vials, and specific inserts (~100–200 μL 
content).

 1. GC internal standard (e.g., pentadecanoic acid 15:0, 99 %). 
Add 50 mg of fatty acid standard in 10 mL of methanol. Store 
if needed at −20 °C for a maximum of 1 month in a 15 mL 
borosilicate glass tubes equipped with Teflon (PTFE)-lined 
screw cap, to avoid solvent evaporation and change of 
concentration.

 2. GC FAME standards (e.g., Supelco™ 37 Component FAME 
Mix, Supelco, USA; Menhaden Oil FAME, Supelco, USA; 
FAME Mix 189-1 and 189-15, Sigma-Aldrich, France). Dilute 
as required in hexane and store at −20 °C in a 15 mL borosili-
cate glass tubes equipped with Teflon (PTFE)-lined screw cap. 
These standards could be stored at −20 °C up to several 
months if they are used only for peak identification.

All solutions should be prepared just before each experiment using 
deionized water (prepared by purifying distilled water to obtain a 
resistivity of 18 ΩM/cm at 25 °C). Solutions containing highly 
volatile solvents (e.g., chloroform) must be stored in borosilicate 
glass bottles with Teflon insert (for safety, see Note 1).

2.1 Main Equipment 
Required

2.2 Gas 
chromatography 
Standards

2.3 Solvents
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 1. Chloroform.
 2. Methanol.
 3. Chloroform:methanol (1:1, v/v).
 4. Hexane.
 5. Lipid extraction: chloroform:methanol (1:2, v/v). Add 

100 mL of chloroform to 200 mL of methanol, mix and store 
at room temperature in a 500 mL borosilicate glass storage 
bottle.

 6. Neutral lipid fractionation (solvent system I): petroleum 
ether:diethyl ether:acetic acid (80:20:1, v/v/v). Mix 320 mL 
of petroleum ether with 80 mL of diethyl ether and 4 mL of 
acetic acid, and store at room temperature in a 500 mL boro-
silicate glass storage bottle.

 7. Polar lipid fractionation (solvent system II): chloroform:acetone: 
methanol:acetic acid:water (50:20:10:10:5, v/v/v/v/v). Mix 
200 mL of chloroform with 80 mL of acetone, 40 mL of 
methanol, 40 mL of acetic acid and 20 mL of Milli-Q water, 
and store at room temperature in a 500 mL borosilicate glass 
storage bottle.

 8. Transmethylation solution: 2 % (v/v) sulphuric acid in metha-
nol. Fill half of a 100 mL volumetric flask with methanol, add 
2 mL of concentrated H2SO4, and fill up with methanol until 
etched ring graduation mark. Store at room temperature in a 
100 mL borosilicate glass storage bottle (see Note 2).

 1. Iodine vapor: place iodine crystals in a TLC chamber and wait 
until vapor saturation.

 2. Sulfuric acid solution: 10 % (v/v) sulphuric acid in methanol. 
Fill half of a 100 mL volumetric flask with methanol, add 
10 mL of concentrated H2SO4, and fill up with methanol until 
etched ring graduation mark. Store at room temperature in a 
100 mL borosilicate glass storage bottle.

 3. Copper solution: 10 % (w/v) copper sulfate in 8 % (v/v) aque-
ous phosphoric acid. Fill half of a 100 mL volumetric flask 
with Milli-Q water, add 10 g of copper sulfate (CuSO4) and 
8 mL of concentrated phosphoric acid (H3PO4), and fill up 
with Milli-Q water until etched ring graduation mark. Store at 
room temperature in a 100 mL borosilicate glass storage 
bottle.

 4. α-naphtol solution: 2.4 % α-naphtol (w/v), 10 % sulphuric acid 
(v/v) and 80 % ethanol (v/v) solution. Using a 100 mL volu-
metric flask, mix 2.4 g α-naphtol with 80 mL ethanol, 10 mL 
of concentrated H2SO4, and fill up with Milli-Q water until 
etched ring graduation mark. Store at room temperature in a 
100 mL borosilicate glass storage bottle.

2.4 TLC Visualization 
Reagents

Lipids and Fatty Acids in Algae



178

 5. Molybdenum-blue solution: the reagent is prepared as two 
solutions:
 (a) Add 40.11 g of molybdenum trioxide (MoO3) to 1 L of 

12.5 M sulphuric acid and boil gently on a hot plate until 
dissolved; let the light yellow solution cool to ambient 
temperature overnight, the solution will turn light blue.

 (b) Add 1.78 g of powdered molybdenum to 500 mL of the 
solution I and boil gently on a hot plate for 15 min, and 
cool down at room temperature.

For preparation of the spray reagent (dark green 
solution), add equal volumes of solutions I and II with 
two volumes of water. The solution is stable for several 
months. Store at room temperature in a 1 L borosilicate 
glass storage bottle.

3 Methods

Every step of this procedure has to been done under a fume hood 
following strict safety regulations (see Notes 1 and 2).

 1. Select macroalgal samples carefully from the shore, choosing 
individuals without epiphytes or obvious grazing marks.

 2. Store the macroalgal biomass collected in an ice box contain-
ing ice packs during transportation from the sampling site to 
the laboratory.

 3. Clean algal materials and rinse quickly under tap water to 
remove the salt and possible sand residues.

 4. Freeze seaweed samples at −20 °C before freeze-drying.
 5. Store freeze-dried samples at −20 °C until processing (up to 2 

years; or at −80 °C for longer).
 6. Just before analysis, grind freeze-dried samples using a tradi-

tional food blender, and filter the resulting powder through a 
sieve (250 or 500 μm) to achieve even particle size.

 1. Harvest cells from a known volume of microalgal culture (see 
Note 3) by gentle centrifugation (1,200 × g for 10 min) using 
conical plastic tubes.

 2. Freeze the microalgal pellet obtained at −20 °C before 
freeze-drying.

 3. Store tubes containing freeze-dried samples at −20 °C prior to 
analysis.

Total lipid extraction by solid–liquid extraction (SLE) procedure is 
based on a modified version of Bligh and Dyer’s method [14].

3.1 Preparation 
of Algal Samples

3.1.1 Seaweed Samples

3.1.2 Microalgal 
Samples

3.2 Total Lipid 
Extraction
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 1. Weigh 1 g of freeze-dried ground macroalgal biomass, or use 
a freeze-dried microalgal pellet corresponding to approxi-
mately 100–200 mL of culture according to the cell density 
(~100–200 mg freeze-dried biomass). Record the exact weight 
or volume.

 2. Add 6 mL of chloroform:methanol (1:2 v/v) to the powder. 
Add a magnetic bar and close the tube under nitrogen gas 
(N2) to limit oxidation.

 3. Disrupt the cells using ultrasounds water bath during 30 min 
at room temperature, and mix with a magnetic stirrer the mix-
ture overnight in a cold room set up at 4 °C.

 4. Add 2 mL chloroform and vortex well.
 5. Add 3.6 mL of Milli-Q water to give a final chloroform: 

methanol:water ratio of 1:1:0.9 (v/v/v).
 6. Vortex well and centrifuge at 4 °C (1,000 × g for 3 min).
 7. Collect the organic/chloroform phase containing lipids (lower 

phase) in a round-bottom flask.
 8. Repeat the extraction 2–3 times by adding 4 mL of chloro-

form to the remaining methanol:water phase, and collect the 
organic phase as previously explained.

 9. Evaporate the combined organic phase obtained (~12–16 mL) 
to dryness using a rotavapor under reduced pressure at 40 °C 
and dissolve the lipid extract in 2–3 mL of chloroform.

 10. Transfer the lipid extract to a small pre-weighed vial, dry under 
a flow of nitrogen gas (N2) using a nitrogen evaporator, then 
freeze-dry and measure the total crude lipid content gravi-
metrically by weighing the freeze-dried vial and subtracting 
the weight of the vial (see Note 4).

 11. The dry lipid extract can be stored at −20 °C under nitrogen 
gas (N2) for approximately 1 month without lipid degradation.

The lipid class separation procedure combines the method 
described in [15] using silica cartridges to separate the neutral and 
polar lipids, and TLC procedures adapted from [16–18] to sepa-
rate individual lipid classes.

 1. Dissolve the lipid extract in a small volume of chloroform.
 2. Insert a silica cartridge in a holder, connect a 20 mL glass 

syringe and wash/equilibrate the cartridge with 5 mL of meth-
anol and 5 mL of chloroform by pressing the plunger down.

 3. Remove the syringe and load the full lipid extract sample dis-
solved in chloroform (100–200 μL) using a micropipette onto 
the cartridge until fully absorbed. Wash the vial with small 
volume of chloroform and load onto the cartridge.

3.3 Lipid Class 
Separation

3.3.1 Lipid Separation  
by Silica Cartridge 
Chromatography
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 4. Connect the syringe and fill it with 20 mL of chloroform. 
Insert the plunger and press slowly and carefully to washout 
the neutral lipids (nonpolar fraction). Use a round-bottom 
flask to collect the eluted fraction.

 5. Remove the syringe carefully, remove the plunger, reconnect 
the syringe and fill it with 20 mL of methanol. Elute the polar 
lipids in a separate round-bottom flask (see Note 5).

 6. Evaporate the neutral and polar fractions obtained to dryness 
using a rotary evaporator and dissolve the lipid extracts in 
2–3 mL of chloroform.

 7. Transfer the lipid extracts to small vials; dry under a flow of 
nitrogen gas (N2).

 8. The dry lipid fractions can be stored at −20 °C under nitrogen 
gas (N2) for approximately 1 month without lipid degradation.

Both neutral and polar lipids are subjected to one-dimensional 
TLC for lipid class separation, using TLC plates coated with silica 
gel. Neutral lipids are separated using the solvent system I contain-
ing petroleum ether:diethyl ether:acetic acid (80:20:1 v/v/v). 
Polar lipids are separated into individual lipids using solvent system 
II containing a five-component mixture of chloroform:acetone: 
methanol:acetic acid:water (50:20:10:10:5 v/v/v/v/v).

 1. Prepare 500 mL of each solvent system.
 2. Using a sharp carbon pencil, trace two lines at 2 cm from each 

side of the TLC plates.
 3. There are two general preparation steps for TLC plates: pre- 

washing and activation (see Note 6).
Sometimes pre-washing of the silica gel coated TLC plates 

is necessary to remove impurities usually originating from the 
binder: pre-wash a plate by blank development in a TLC 
chamber. Use either the mobile phase for the separation, or 
methanol, or mixtures of chloroform:methanol (1:1 v/v). 
Then let the TLC plates dry in air under a fume hood. Mark 
the plate to show the direction of blank development: when 
the plate is then later used for chromatography of the sample, 
the same direction of development should be employed.

On the day of the analysis, activate the TLC plates with 
silica gel coated on glass by heating in a hot-air oven for 
30 min at 110 °C, or TLC plates with silica gel coated on alu-
minum or plastic at 90 °C. It should be performed on a solid 
metal or glass surface to ensure uniform heat distribution. 
Then allow cooling before loading your samples.

 4. Dry two clean TLC chambers, cut chromatography papers 
(20 × 20 cm), and place one sheet along the side of each chamber. 
This paper sheet will help the TLC chamber to be saturated in 
solvent vapors. Pour ~100 mL of freshly prepared solvent  

3.3.2 Neutral  
and  Polar Lipid 
Fractionation  
by Thin-Layer 
Chromatography (TLC)

Freddy Guihéneuf et al.



181

system I or II up to 1 cm into two different chambers. Wait 
~30–45 min for vapor saturation while loading the plates.

 5. Dissolve the neutral and polar lipid fractions in ~50–100 μL of 
chloroform or methanol (neutral and polar lipids, respectively).

 6. For neutral lipid separation, load 50–100 μL of the total lipid 
extract or neutral lipid fraction as a line with a 100 μL syringe 
on a first TLC plate. Allow samples to dry. Place the plate with 
the samples facing down in the chamber to develop using sol-
vent system I (see Note 7).

For polar lipid separation, similarly load 50–100 μL of the 
total lipid extract or polar lipid fraction on a second TLC plate. 
Allow samples to dry. Place the plate in the chamber to develop 
using solvent system II (see Note 7).

 7. Close immediately the chamber with the cover and let run for 
approximately 1 h, until the solvent front has reached the 
upper line. Remove the plate and leave to dry under the fume 
hood.

 8. Upon complete dryness, visualize the lipids by brief exposure 
to iodine vapor under the fume hood: place the TLC plates in 
the TLC chamber containing iodine. Proceed until lipid spots 
turn yellow-brown in color (see Note 8). Mark directly the 
edges of the spots with a carbon pencil.

 9. Scrape the silica containing lipids from each spot off the plate 
using a sharp razor blade, and place the silica powder in a 
15 mL borosilicate glass tube properly labeled and close using 
a Teflon (PTFE)-lined screw cap (see Note 9).

 10. Identify individual lipid classes by comparison of their Rf val-
ues to Rf values provided in literature [19], by using specific 
lipid charring reagents, and/or by running commercial lipid 
standards along with the samples (see Notes 10 and 11).

 11. Two unspecific lipid charring:
Spray the plate with the sulphuric acid solution under the 

fume hood; allow to dry for a few minutes, and bake at 120 °C 
for 15 min or until spots appear.

Spray the plate with the copper solution under the fume 
hood, allow to dry, and bake at 180 °C for 15 min.

 12. Two specific lipid charring:
Glycolipids staining using the α-naphtol solution: spray 

the plate with the α-naphtol solution under the fume hood, 
allow to dry, and bake at 120 °C for 3–5 min until glycolipid 
bands appear in blue or purple.

Phospholipids staining using the molybdenum-blue 
reagent: spray the plate with molybdenum-blue reagent under 
the fume hood and allow to dry. Compounds containing 
phosphate ester will appear immediately as blue spots.
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Examples of separation of neutral and polar lipids from P. 
lutheri using one-dimensional TLC are shown on Figs. 2 and 3a 
(see Note 12).

Fatty acid methyl esters (FAME) are obtained by transmethylation 
of an aliquot of total lipid extract, or by direct-transmethylation of 
the silica powder containing the different lipid fractions and/or 
the freeze-dried algal powder (see Note 13).

 1. Add 2 mL of dry methanol containing 2 % (v/v) H2SO4 to the 
tubes containing an aliquot of total lipid extract, silica powder 
with lipids, or known weight of freeze-dried algal powder 
(~50 mg), and 10–50 μL of 5 mg/mL pentadecanoic acid 
15:0 with a 50 μL syringe as internal standard (see Note 14).

3.4 Fatty Acid 
Analyses by Gas 
Chromatography 
Coupled with Flame 
Ionization Detection 
(GC-FID)

3.4.1 FAME Preparation

Fig. 2 Example of separation of neutral lipids from P. lutheri using one-dimensional 
TLC. Lipid-spots were stained using the copper solution. Spots marked with an 
asterisk symbol represent lipid classes with uncertain identification: spots were not 
identified by co-chromatography with pure standards, but based on Rf values from 
the literature where possible. DAG diacylglycerols, FFA free fatty acids, MAG mono-
acylglycerols, NL neutral lipids, Pig. pigments, PL polar lipids, TAG triacylglycerols, 
TL total lipids

Freddy Guihéneuf et al.



183

 2. Add a small magnetic bar, and close glass tubes tightly with 
Teflon-lined caps under nitrogen gas (N2) (see Note 15).

 3. Incubate glass tubes at 80–90 °C for 1.5 h with continuous 
stirring in a sand bath.

 4. After the tubes have cooled down, add 1 mL of Milli-Q water 
followed by 1–2 mL hexane and vortex vigorously. Centrifuge 
samples at 1,000× g for 5 min.

 5. Under a fume hood, transfer the hexane upper-layer, contain-
ing FAME, to a GC glass vial and cap tightly (see Note 16).

 6. Samples can be stored at 4 °C for short-term (~24 h) and at 
−20 °C for few days.

In the case of example results outlined in this chapter, gas chro-
matographic analysis of FAME was performed on an Agilent 
7890A GC/5975C MSD Series equipped with a flame ioniza-
tion detector and a fused silica capillary column DB-WAXETR. 
Samples were injected using an Agilent auto-injector 7683B series. 

3.4.2 FAME Analysis 
by GC-FID

Fig. 3 Example of separation of polar lipids from P. lutheri using one- (a) and two- (b) dimensional TLC. Lipid- 
spots were stained using the copper solution. Spots marked with an asterisk symbol represent lipid classes 
with uncertain identification. BL betain lipids, DGDG digalactosyldiacylglycerols, DPG diphosphatidylacylglycer-
ols, MGDG monogalactosyldiacylglycerols, NL neutral lipids, Pig. pigments, PG phosphatidylglycerols, SG acyl-
ated sterol glycosides, SQDG sulfoquinovosyldiacylglycerols, TL total lipids, UN1-2 unidentified lipid classes
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Agilent MSD productivity ChemStation software was used for 
instrument control, data acquisition, and data analysis (integra-
tion, retention times, and peak areas). The general procedure is as 
follows:

 1. Before starting GC-FID, ensure that the hydrogen and air cyl-
inders are filled, and hydrogen generator and air compressor 
are working correctly. If using a hydrogen generator, fill the 
reservoir with Milli-Q water.

 2. Fill solvent reservoir with sufficient hexane to wash the syringe 
between each injection and empty the waste container.

 3. Turn on the hydrogen generator and air compressor.
 4. Turn on the GC, and wait until it shows “ready” on display.
 5. Start the Chemstation software for GC on the system com-

puter (or any other equivalent software).
 6. Create a new method for fatty acid analysis.
 7. Set the 10 μL injector to inject 2 μL sample per vial (see Note 17).
 8. Set the inlet temperature at 250 °C with hydrogen total flow 

rate at 28.2 mL/min and the pressure at 5.5 psi. The split 
ratio should be 20:1.

 9. Set initially the oven temperature to 140 °C. Program this 
oven temperature at 140 °C for 1 min, and raise it from 140 
to 200 °C by a rate of 15 °C/min and then from 200 to 
250 °C at a rate of 2 °C/min. Hydrogen should be used as a 
carrier gas at a flow rate of 1.2 mL/min. One run takes 
approximately 30 min.

 10. Set the temperature of the flame ionization detector to 300 °C 
with a hydrogen flow rate of 40 mL/min and air flow rate at 
400 mL/min.

 11. Save your FAME analysis method.
 12. Load your method for FAME analysis, and wait until it shows 

“ready”.
 13. Create a run sequence table with the number of vials and sam-

ple names. Choose a directory file to save your data. Give a 
name and save your sequence.

 14. Place the vials into the auto-sampler tray in the same order as 
in the run sequence table.

 15. When the instrument is ready, start the run sequence.

 1. Identification of FAME is obtained by co-chromatography 
with authentic commercially available FAME standards, and 
retention time relationships.

 2. Fatty acid contents are quantified by comparison of peak areas 
between a known amount of added pentadecanoic acid 15:0 as 
internal standard (see Note 18).

3.4.3 GC-FID Data 
Analysis
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For example, to calculate the EPA content:

m mg peak area g peak areaEPA EPA added added( ) = ´( )15 0 15 0: :/

For example, to calculate the total fatty acid (TFA) content:

m mg peak area g peak areaTFA each fatty acid added a( ) = ´( )å 15 0 15 0: :/ ddded
éë ùû

 3. Results of fatty acid composition are expressed as % of TFA.
Figure 4 shows an example of GC-FID chromatogram of the 

FAME obtained by direct-transmethylation of P. lutheri freeze- 
dried biomass (see Note 19), and Table 1 for the fatty acid com-
position (expressed as % of TFA) of total lipids and major 
individual lipid classes in P. lutheri (see Note 20).

 4. The percentage of each lipid class is calculated by dividing the 
total FAME for one lipid class with the total FAME of all lipid 
classes (TFA residues).
For example, to calculate the ratio of TAG:

TAG TFA FAMEs FAMEsinto TAG into total lipids% /( ) = ( ) ( )éë ùû ´å å 100

Figure 5 shows an example of lipid class composition, expressed 
as % of TFA residues per class, of the total crude lipid extract from 
P. lutheri (see Note 21).

1 

# 

4 

5 

2 

6

39
10

11

7-8

12
13

14

15

16

17

18 

20.0010.000.00
0

50000

100000

150000

200000

250000

350000

450000

300000

400000

500000

550000

650000

600000

700000

Time

19 

Fig. 4 GC-FID chromatogram of the FAME obtained by direct-transmethylation of freeze-dried P. lutheri bio-
mass (see Table 1 for peak identification). # Pentadecanoic acid (15:0) used as an internal standard
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Table 1 
Example of fatty acid composition (% TFA) of total lipids and major individual lipid classes (neutral 
and polar) in P. lutheri batch-cultivated using a relatively high sodium bicarbonate supply (1 g/L)  
and harvested at the beginning of the stationary phase

Neutral Polar

n° Fatty acids (% TFA) TL TAG MGDG DGDG SQDG

1 14:0 12.23 ± 0.29 12.24 ± 0.02 4.12 ± 0.05 19.16 ± 0.31 29.03 ± 0.12

2 16:0 14.34 ± 0.37 10.76 ± 0.17 7.96 ± 0.02 11.39 ± 0.13 23.33 ± 0.10

3 18:0 0.25 ± 0.03 0.22 ± 0.01 1.59 ± 0.05 1.28 ± 0.09 4.37 ± 0.04

Sum of SFA 26.82 ± 0.15 23.55 ± 0.13 14.55 ± 0.16 32.86 ± 0.20 57.83 ± 0.19

4 14:1 0.51 ± 0.05 0.74 ± 0.03 0.60 ± 0.03 0.37 ± 0.02 0.25 ± 0.01

5 15:1 1.80 ± 0.11 0.14 ± 0.01 0.21 ± 0.01 0.12 ± 0.01 0.61 ± 0.01

6 16:1 n-7 16.52 ± 0.08 23.05 ± 0.46 11.71 ± 0.34 14.70 ± 0.57 6.91 ± 0.48

7 18:1 n-9 2.90 ± 0.01 2.93 ± 0.09 1.66 ± 0.02 0.62 ± 0.02 2.61 ± 0.01

8 18:1 n-7 0.30 ± 0.01 0.52 ± 0.06 1.31 ± 0.02 2.72 ± 0.14 2.46 ± 0.05

Sum of MUFA 22.03 ± 0.02 27.38 ± 0.34 15.49 ± 0.34 18.53 ± 0.76 12.83 ± 0.11

9 16:2 n-6 1.21 ± 0.03 0.60 ± 0.01 1.08 ± 0.11 0.44 ± 0.06 0.21 ± 0.02

10 16:2 n-4 1.44 ± 0.01 1.49 ± 0.03 1.98 ± 0.18 1.28 ± 0.05 0.63 ± 0.01

11 16:4 n-3 1.10 ± 0.01 1.23 ± 0.03 1.09 ± 0.10 0.41 ± 0.02 0.30 ± 0.01

12 18:2 n-6 0.66 ± 0.01 0.85 ± 0.02 1.75 ± 0.10 0.35 ± 0.02 1.40 ± 0.02

13 18:3 n-6 2.01 ± 0.02 2.67 ± 0.05 1.85 ± 0.03 0.78 ± 0.05 0.30 ± 0.04

14 18:3 n-3 0.92 ± 0.02 0.94 ± 0.02 1.67 ± 0.04 0.31 ± 0.04 0.56 ± 0.01

15 18:4 n-3 4.99 ± 0.03 7.04 ± 0.19 10.86 ± 0.08 2.19 ± 0.12 0.54 ± 0.02

16 20:4 n-3 0.46 ± 0.02 0.61 ± 0.03 0.56 ± 0.04 0.36 ± 0.03 0.69 ± 0.01

17 20:5 n-3 26.78 ± 0.10 20.76 ± 0.08 38.77 ± 0.77 32.60 ± 0.29 11.70 ± 0.13

18 22:5 n-3 0.71 ± 0.01 1.76 ± 0.07 0.19 ± 0.02 0.08 ± 0.04 0.43 ± 0.02

19 22:6 n-3 10.23 ± 0.08 10.82 ± 0.07 9.39 ± 0.28 9.42 ± 0.25 9.67 ± 0.12

Sum of PUFA 50.49 ± 0.10 48.78 ± 0.46 69.18 ± 0.17 48.23 ± 0.44 26.45 ± 0.31

Others 0.67 ± 0.07 0.62 ± 0.04 1.66 ± 0.06 1.42 ± 0.12 3.99 ± 0.14

Sum of n-3 44.72 ± 0.05 42.56 ± 0.40 61.97 ± 0.36 45.02 ± 0.66 23.21 ± 0.28

Sum of n-6 4.33 ± 0.06 4.73 ± 0.09 5.34 ± 0.01 1.93 ± 0.16 2.61 ± 0.04

Ratio n-6/n-3 0.10 ± 0.01 0.11 ± 0.01 0.08 ± 0.01 0.04 ± 0.01 0.11 ± 0.02

Results are expressed as ±SD (n = 2) obtained from two analytical repetitions from the same crude lipid extract
DGDG digalactosyldiacylglycerols, MGDG monogalactosyldiacylglycerols, SQDG sulfoquinovosyldiacylglycerols, TAG 
triacylglycerols, TL total lipids. Others correspond to unidentified peaks or unknown fatty acids
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4 Notes

 1. Due to health hazards associated with solvent exposure (e.g., 
chloroform, methanol), avoid being exposed to vapors by 
working under a fume hood.

 2. Regarding health and safety requirements for solvents, always 
wear protective goggles, gloves, and a lab coat when handling 
acids and bases, in particular concentrated H2SO4 which can 
cause serious damage to skin and clothing, and respiratory sys-
tem if inhaled.

 3. It might be important to know the cell density, dry weight 
(DW), and ash-free dry weight (AFDW) of the culture if you 
want to express the TFA content or specific fatty acids per cell, 
per DW, or per AFDW.

 4. Gravimetric determination of total lipid content is an not fully 
quantitative technique to measure the total crude lipid 
extracted from freeze-dried biomass. Using this method usu-
ally leads to an overestimation of the total lipid content 
expressed per dry weight. Indeed, the crude lipid extract usu-
ally contains pigments and other residual impurities.

 5. At this stage, the cartridge should be almost colorless.
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Fig. 5 Lipid class composition (% TFA) of P. lutheri batch-cultivated using a relatively high sodium bicarbonate 
supply (1 g/L) and harvested at the beginning of the stationary phase (see Figs. 2 and 3 for lipid class abbrevia-
tions). Spots marked with an asterisk symbol represent lipid classes with uncertain identification. Results are 
expressed as ±SD (n = 2) obtained from two analytical repetitions from the same crude lipid extract
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 6. Handle the plates carefully: no fingerprints—these will be  
visible after exposure to iodine vapor.

 7. Make sure the loading lines remain smaller than 4 mm in 
thickness and are above the solvent mixture used. A hair-dryer 
at low temperature can be use to dry the spots during loading. 
In our case, 2–3 samples were loaded on each 20 × 20 cm TLC 
plates with a minimum ~2 cm space between each. After full 
development, remove the plate and leave to dry under the 
fume hood. Overloading your TLC plates can induce a poor 
separation of the different lipid classes, it is crucial to estimate 
the right amount of sample to load.

 8. A short exposure to iodine vapor is required to avoid any oxi-
dation of lipids as iodine may covalently modify polyunsatu-
rated fatty acids. A glass wool plugged Pasteur pipette with 
iodine crystals through which N2 is blown over individual 
lipid-spots can also be used in order to better control the time 
of iodine exposure.

 9. If required for further analysis, such as HPLC-MS, lipid frac-
tions can be extracted from silica gel: insert a small amount of 
glass wool into a labelled Pasteur pipette used as a column, 
carefully transfer the silica gel containing lipids into appropri-
ate column, and sequentially extract the lipids with 1 mL of 
chloroform:methanol (2:1, v/v) followed by 1 mL of 
chloroform:methanol (1:1, v/v). The elute lipid fraction is 
recovered into a small vial, and solvents evaporate off under a 
fume hood using a stream of nitrogen gas (N2). The dry lipid 
extracts closed under N2 and store at −20 °C can be kept for 
approximately 1 month without lipid degradation.

 10. Lipids separated by TLC can be either reversibly and nondestruc-
tively stained with iodine for quantitative analysis, or irreversibly 
and destructively stained by spraying with specific reagents.

 11. Differences in the solvent composition can lead to altered mobil-
ity of the different components and possible Rf value errors. A 
common problem occurs when the TLC chamber is not com-
pletely sealed, and the solvents can evaporate slowly. Since evap-
oration rate depends on the boiling point, solvents like 
chloroform will evaporate faster. As a result, the mobile phase 
becomes more polar. If possible, running standards on the same 
plate will always help a positive identification of your spots.

 12. Due to the number of lipid classes in P. lutheri, two- dimensional 
TLC separation may be performed to increase the resolution/
separation between spots and to better identify the different 
polar lipid classes (Fig. 3b), using chloroform:methanol:water 
(65:25:4, v/v/v) for the first direction (mix 260 mL of chloro-
form with 100 mL of methanol and 16 mL of Milli-Q water, 
and store at room temperature in a 500 mL borosilicate glass 
storage bottle), and solvent system II for the second direction.
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 13. To avoid possible loss of material throughout the lipid extrac-
tion steps, the direct-transmethylation protocol using freeze- 
dried ground biomass can be used to prepare the FAME and 
determine the total fatty acid (TFA) composition and content 
of the algal biomass.

 14. The volume of internal standard added depends of the amount 
of lipid extract or algal biomass used.

 15. Tubes need to be sealed under nitrogen gas (N2) to limit oxi-
dation, and evaporation of the solvent.

 16. At this stage, the sample can be concentrated by evaporation 
to dryness under a flow of nitrogen gas (N2), the residue re- 
dissolved in a small volume of hexane (~100 μL) and trans-
ferred to a GC vial equipped with a specific insert (~100–200 μL 
content) and the cap is closed tightly.

 17. The injection volume can be changed according to your sam-
ple concentrations. Be aware of the maximum vapor volume 
capacity of your inlet.

 18. Peak areas on the GC traces should be within limits linearly 
proportional to the amount (by weight) of material eluting 
from the column (21).

 19. Using the DB-WAXETR column, FAME with short carbon 
chains and fewer double bonds (i.e., SFA and MUFA) have 
shorter retention times and appear before LC-PUFA (i.e., 
EPA and DHA).

 20. All examples presented in this chapter were obtained from  
P. lutheri batch-cultivated using a relatively high sodium bicar-
bonate supply (1 g/L) and harvested at the beginning of the 
stationary phase. Under these conditions, the major LC-PUFA 
were stearidonic acid (18:4 n-3), EPA (20:5 n-3) and DHA 
(22:6 n-3) accounting respectively for ~5, ~27 and ~10 % of 
TFA (Table 1). SFA were mainly represented by myristic 
(14:0) and palmitic (16:0) acids (~12 and ~14 % of TFA, 
respectively), while the major MUFA was palmitoleic acid 
(16:1 n-7) with ~17 % of TFA. EPA was mainly partitioned 
into MGDG and DGDG constituting the chloroplastic mem-
branes; DHA was equally found in all lipid classes analyzed. 
Interestingly, n-3 LC-PUFA (i.e., 18:4 n-3, EPA and DHA) 
were also incorporated into TAG (~7, ~20 and ~11 % of TFA, 
respectively).

 21. In P. lutheri, grown under the conditions previously described 
(see Note 20), the neutral lipids were mainly composed of 
TAG and free fatty acids (FFA) accounting, respectively, for 24 
and 8 % of the TFA residues (Fig. 5). The polar lipids were 
mostly composed of the three main glycolipids: MGDG, 
DGDG, and SQDG, accounting for 15, 18, and 10 % of TFA 
residues, respectively (Fig. 5).

Lipids and Fatty Acids in Algae
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Chapter 12

HRMAS NMR Analysis of Algae and Identification 
of Molecules of Interest via Conventional 1D and 2D NMR: 
Sample Preparation and Optimization of Experimental 
Conditions

Gaëlle Simon, Nelly Kervarec, and Stéphane Cérantola

Abstract

Nuclear magnetic resonance (NMR) has become an astounding tool for molecular characterization. 
Thanks to the development of probes and the increase of magnetic field, NMR has entered the field 
of biology and facilitated the identification of natural compounds. Indeed, this nondestructive NMR 
tool makes possible the complete characterization of less and less quantities of material via 1D and 
2D sequences on many nuclei (e.g., 1H, 13C, 31P, 15N). More recently, the development of high-res-
olution magic-angle spinning (HRMAS) probes have permitted direct analysis of living tissue (e.g., 
a piece of algae) without prior extraction providing information on both the total content and the 
ratio of different molecules within the sample; thus HRMAS facilitates a wide range of analyses, such 
as species differentiation or studies of metabolomics according to various environmental or experi-
mental conditions. This chapter describes the specific sample preparation, based on an algal sample 
or extract, required for all NMR analyses in order to optimize the NMR response and obtain the 
most valuable information.

Key words Algae, HRMAS, NMR, Quantification, Structural elucidation

1 Introduction

Over the past 50 years, nuclear magnetic resonance (NMR) has 
become the predominant technique for determining the structure 
of organic compounds. NMR is a versatile powerful analytical tool, 
used to determine concentrations, dynamics, folding, interactions, 
and structures of a wide variety of molecules. Of all spectroscopic 
methods, NMR allows complete characterization of compound(s). 
Although larger amounts of sample are needed than, e.g., for mass 
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spectroscopy, NMR is nondestructive, and with modern instru-
ments structural analyses may be obtained from samples weighing 
less than a milligram. Indeed, to retrieve even better data,  sensitivity 
can be boosted by increasing the magnetic field but also by using 
new types of probes such as cryogenic probes which reduce the 
thermal noise when detecting the NMR signals. This recent prog-
ress has allowed NMR to contribute to the field of biological 
research and become a precious tool for metabolomics, as well as 
drug screening as low concentrations of biological and drug-like 
molecules can quickly be analyzed.

NMR-based analyses are typically performed on liquid extracts 
and 1D and 2D sequences on many nuclei (e.g., 1H, 13C, 31P, 15N). 
NMR is now commonly used in studies on algae such as structure 
elucidation of new natural compounds [1–3], isolation of com-
pounds of interest [4, 5], metabolomic studies according to envi-
ronmental or experimental conditions [6, 7], as well as biofuel 
research [8, 9]. Moreover, the development of high-resolution 
magic-angle spinning (HRMAS) probes, and thus direct analyses 
on living tissue or whole cells, allows biologists to access, faster and 
without the need for prior extraction, useful information about the 
content of, e.g., a plant fragment, mammalian tissue (e.g., muscle, 
liver, skin), or a bacterial pellet.

HRMAS NMR is at the interface of the liquid phase and the 
solid-state NMR. An HRMAS probe and a MAS pneumatic unit 
are added to a standard high-resolution spectrometer (Fig. 1) to 
allow analyses of a larger range of samples, either solid or liquid, of 
biological, chemical, or pharmaceutical interest. HRMAS tech-
nique is based on sample orientation at magic angle (54.7°), as well 
as the fast rotation of this sample (from 1,000 to 15,000 Hz) after 
levitation. Thus, magic-angle spinning facilitates liquid homogene-
ity by the reduction of some phenomena such as chemical shift 
anisotropy and dipolar couplings leading to broad and poorly 
resolved peaks. For instance, spinning at the magic angle averages 
the anisotropic interactions of free motion molecules, and results 
lead to narrower NMR signals (as those obtained in solution); on 
the other hand cellular membranes, constituted by molecules with 
low mobility, cause very broad signals on the spectra which often 
mix with the noise. In Fig. 2, the 1H NMR spectrum of a brown 
macroalga, Pelvetia canaliculata, obtained by classical NMR 
exhibits broad signals (Fig. 2b) whereas the 1H NMR spectrum 
obtained by HRMAS NMR displayed clear peaks (Fig. 2a), making 
interpretation of the spectrum easier. HRMAS is of great interest 
to biology allowing direct observation of the total content and 
the ratio of specific molecules within a sample, and thus the dif-
ferentiation between algal species [10], and the follow-up of the 
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synthesis of compounds of interest according to various environ-
mental or experimental conditions (pH, salinity, season, species, 
pollutant, etc.) [11]. However, when the identification of specific 
metabolites is required, an extraction procedure according to an 
established protocol is generally followed.

This chapter describes the specific preparation of an algal sam-
ple and extract which is required prior to all NMR analyses in order 
to optimize NMR response and obtain the best information.

Bo
= 54.7*

Upper probe chamber with MAS stator in magic angle position

Fig. 1 500 MHz NMR spectrometer (11.7 T) equipped with HRMAS probe

HRMAS NMR Analysis of Algae Samples and identification of Molecules



194

2 Materials

 1. NMR spectrometer equipped with an HRMAS probe (see 
Notes 1 and 2).

 2. MAS tools (Fig. 3): Rotor, insert, cap, MAS positioning tool 
for insert, MAS filling tool, and cap remover.

 3. Commercial deuterated water (D2O) (see Note 3).

 1. Spectrometer equipped with a classical probe (e.g., QNP, TBI, 
TXO, BBO) or a cryoprobe.

 2. NMR tubes (see Note 4).
 3. Commercial NMR solvents (see Note 5). In Table 1 are pre-

sented properties of some deuterated NMR solvents.
 4. Cotton filter (pipette and cotton).

2.1 HRMAS NMR

2.2 Classical NMR

1 ppx2345678

a

b

9

Fig. 2 Sample of a brown macroalga, Pelvetia canaliculata. (a) 1H HRMAS NMR (500 MHz) spectrum; (b) 1H 
NMR (500 MHz) classical spectrum in D2O in a 5 mm tube

Gaëlle Simon et al.



195

Fig. 3 MAS tools

Table 1 
Properties of some deuterated NMR solvents

Solvent B. p. (°C) F. p. (°C)
Residual 1H  
signal (δ in ppm)

Residual 13C  
signal (δ in ppm)

Acetone-d6 56 −95 2.04 206.0, 29.8

Acetonitrile-d3 82 −44 1.93 118.2, 1.3

Benzene-d6 80 6 7.15 128.0

Chloroform-d 61 −64 7.26 77.0

Cyclohexane-d12 81 7 1.38 26.4

Dichloromethane-d2 40 −95 5.32 53.8

Dimethylsulfoxide-d6 189 19 2.49 39.5

Dimethylformamide-d7 153 −60 2.74, 2.91, 8.01 30.1, 35.2, 162.7

Methanol-d4 65 −98 3.30, 4.78 49.0

Nitromethane-d3 101 −29 4.33 62.8

Pyridine-d5 115 −42 7.19, 7.55, 8.71 123.5, 135.5, 149.9

Tetrahydrofuran-d8 66 −66 1.73, 3.58 25.3, 67.4

Toluene-d8 111 −95 2.09, 6.98, 7.00, 7.09 20.4, 125.2, 128.0, 128.9, 137.6

Water 100 0 4.78

B.p. boiling point, F.p. freezing point

HRMAS NMR Analysis of Algae Samples and identification of Molecules
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3 Methods

When a sample will be analyzed using NMR, no metallic tools must 
be used during its preparation. In order to avoid the occurrence of 
paramagnetic particles in the sample which would degrade spec-
trum resolution, plastic or glass tools must be used throughout.

 1. Samples are prepared in 4 mm diameter rotors in zirconium 
oxide with volume varying according to their internal shape 
from some μL to 80 μL (max.). Fill the rotor with commercial 
D2O (Fig. 4, step 1).

 2. Stir with a diamagnetic needle to eliminate any potential air 
bubble(s) present in the rotor (Fig. 4, step 2; see Note 6).

 3. Take off a small piece of algae (Fig. 4, step 3). If lyophilized, 
break a piece of alga by hand; if fresh, use a ceramic knife (see 
Note 7).

 4. Insert the algal fragment in the rotor (Fig. 4, step 4).
 5. Complete the volume of the rotor with commercial D2O 

(Fig. 4, step 5).

3.1 Analysis 
of an Algal Piece

Fig. 4 HRMAS rotor preparation steps

Gaëlle Simon et al.
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 6. Stir with a diamagnetic needle to eliminate potential air  
bubble present in the rotor (Fig. 4, step 6).

 7. Place the insert at the top of the rotor with the help of the 
screw (Fig. 4, step 7).

 8. Push the insert in the rotor until a drop of water comes out 
(Fig. 4, step 8).

 9. Remove all excess water. The rotor must be completely dry 
(see Note 8).

 10. Push in the rotor cap (Fig. 4, step 9).
 11. Put the rotor in the magnet for NMR analysis.

An example of HRMAS NMR spectra of two macroalgal spe-
cies is presented in Fig. 5. Note that 1H NMR profiles can differ 
greatly between species.

 1. Place 10 μL of commercial D2O in the rotor (Fig. 4, step 10).
 2. Insert the rotor in the filling tool (Fig. 4, step 11).
 3. Place a few milligrams of algal powder into the rotor (Fig. 4, 

step 12). Tap the vial to move the power down. If you need 
to use a spatula, it must be glass or plastic.

 4. Repeat all steps from step 5 in Subheading 3.1.

An example of HRMAS NMR analysis of algal powder, i.e., of 
the brown macroalga Cystoseira tamariscifolia, is presented in 
Fig. 6. The use of the HRMAS tool has allowed following the pro-
duction of phenolic compounds directly on powder of C. tamar-
iscifolia collected monthly from January to December [12]. 

3.2 Analysis 
of an Algal Powder

a

b

7 6 5 4 3 2 1 ppm

Fig. 5 500 MHz 1H HRMAS NMR spectra with presaturation of the water signal. (a): A red macroalga Palmaria 
palmata; (b) a green macroalga Ulva sp

HRMAS NMR Analysis of Algae Samples and identification of Molecules
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7 6 5 4 3 2 1 ppa

january

february

march

april

may

june

july

august

september

october

november

december

Fig. 6 500 MHz 1H HRMAS NMR spectra with presaturation of the water signal. Seasonal variation in the quan-
tity of phloroglucinol within the brown macroalga Cystoseira tamariscifolia [12]
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Phloroglucinol (1,3,5-trihydroxybenzene), the base unit of 
 phlorotannins (phloroglucinol polymers) which are intensively 
investigated in brown algae, was identified as the major phenolic 
compound. 1H HRMAS NMR spectra have been recorded for 
each sample. The intensity of the phloroglucinol signal throughout 
the months is highlighted in Fig. 6.

 1. Place the dry extract in a small vial (Fig. 7, step 1).
 2. Dissolve the extract in 700 μL of an appropriate NMR solvent 

(Fig. 7, step 2; see Note 9). The sample can be agitated, soni-
cated, or vortexed and even heated in order to achieve com-
plete dissolution (see Notes 10 and 11).

 3. If the sample contains any solid material (e.g., precipitates, 
dust) (Fig. 7, step 3), it must be filtered. Indeed, suspensions 
present in solution will prevent a correct shimming and thus 
reduce spectral resolution, i.e., increase the line width of the 
spectrum. A small amount of cotton wool inside a Pasteur 
pipette (Fig. 7, step 4) can be used to filter the extract  
(see Note 12).

 4. Make sure that the NMR tube is clean inside and outside and 
is in good condition with no cracks or chips (see Note 13). 
The NMR tube must not be shorter than 16 cm.

 5. After the dissolution of the extract, it can be transferred 
directly to a 5 mm NMR tube by passing the solution through 
the cotton filter (Fig. 7, step 5).

3.3 Analysis 
of an Algal Extract 
for Characterization 
of a Molecule 
of Interest

Fig. 7 NMR tube preparation steps

HRMAS NMR Analysis of Algae Samples and identification of Molecules
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 6. Finally, the sample volume can be adjusted by adding NMR 
solvent up to a final sample volume of 700 μL (or a sample 
height of 55 mm in the NMR tube) (Fig. 7, step 6; see Notes 
14–16).

 7. Put the cap on and shake to homogenize the solution (Fig. 7, 
step 7).

 8. Label the sample (see Note 17).
 9. The NMR tube can be put in the magnet for NMR analysis. 1D 

and 2D NMR experiments on many nuclei (e.g., 1H, 13C, 31P, 
15 N) can be carried out. Temperature of analysis can be adjusted 
between +100 and −100 °C.

Care must be taken with samples that contain water (see Note 18), 
salt (see Note 19), or exchangeable protons OH, NH, and SH  
(see Note 20), or samples that are pH sensitive (see Note 21),  
viscous (see Note 22), unstable (see Note 23), or analyzed quanti-
tatively (see Note 24).

1D NMR analyses (1H and 13C) rarely allow detailed structural 
determination. This can be accomplished by means of two- 
dimensional NMR experiments which can be divided into two types, 
homonuclear and heteronuclear. Each type can provide information, 
either through bond (correlation spectroscopy [COSY], heteronu-
clear single-quantum correlation [HSQC], heteronuclear multiple-
quantum correlation [HMQC], heteronuclear multiple-bond 
correlation [HMBC], total correlated spectroscopy [TOCSY]) or 
through space (nuclear overhauser effect spectroscopy [NOESY], 
rotating frame Overhauser effect spectroscopy [ROESY]) coupling 
information. COSY, HMQC/HSQC, and HMBC represent the 
leading 2D methods for molecular identification. If necessary, other 
2D NMR analyses can be conducted to achieve complete character-
ization of molecules.

An example of conventional NMR analyses of an extract of the 
red macroalga Grateloupia turuturu is depicted in Fig. 8.

4 Notes

 1. Most common NMR magnets are 400 and 500 MHz but pro-
ton resonance frequency in NMR ranged between 200 MHz 
and 1 GHz.

 2. Common probes are 1H/13C/15 N and 1H/31P.
 3. In order to avoid occurrence of additional proton signals 

which may overlap with signals of interest, deuterated solvents 
must be used as deuterium is not observed in a spectrometer 
tuned to, e.g., protons or carbon. Moreover, deuterated sol-
vents allow locking the magnetic field and so prevent its drift 
during the analysis which avoids possible signal degradation.

Gaëlle Simon et al.



201

Fig. 8 500 MHz 1H, 13C Jmod, COSY 1H/1H, HMQC 1H/13C, and HMBC 1H/13C of floridoside isolated from the red 
macroalga Grateloupia turuturu
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 4. High-resolution NMR samples are routinely prepared and run 
in 5 mm NMR tubes.

 5. The most common NMR solvent used is CDCl3.
 6. The presence of air bubbles may prevent the rotor rotation 

and thus lead to very poor resolution of the NMR spectrum.
 7. A new and clean scalpel can be used to take a piece of algae but 

take care not to introduce metal into the sample.

HMQC 1H/13C shows correlations between
a proton and its directly bonded carbon. It
allows to identify scalar coupling between
proton and carbon (1JC-H).

HMBC 1H/13C shows correlations between a
proton and its neigbouring carbon. It allows
to identify scalar coupling between proton and
carbon (2JC-H and 3JC-H).

This spectrum indicates a correlation
between H1 (5.14 ppm) and C1 (101.0 ppm),
i.e. H1 is bonded to C1.

This spectrum indicates a correlation between H1
(5.14 ppm) and C2 (71.3 ppm), C3 (72.2 ppm), C5
(73.9 ppm), C2’ (81.6 ppm) i.e. H1 and C2, C3, C5,
C2’ are neighbors separated by 2 or 3 bonds.

It’s impossible to distinguish between
2J and 3J!
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 8. Humidity can prevent the rotor rotation.
 9. Some NMR solvents readily absorb moisture from the atmo-

sphere and thus give water signal on the spectrum. Bottles of 
these solvents should thus be tightly capped when not in use 
(molecular sieve can be added in bottles and/or solvents can 
be stored under nitrogen or argon).

 10. The concentration of the sample should be high enough to 
give a good signal-to-noise ratio on the spectrum, thus mini-
mizing exchange effects found at low concentrations. The 
exact concentration of your sample in the lock solvent will 
depend on the sensitivity of the spectrometer used. If you have 
no guidelines for a specific spectrometer, use one drop of 
extract for liquids and one or two crystals for solid extracts.

 11. Extremely viscous samples will have broad lines which is one 
of the reasons for not adding too much sample. Try to avoid 
preparing very viscous samples if possible.

 12. Medical cotton is reported to be free of compounds that can 
be extracted by organic solvents [13].

 13. NMR tubes that are dirty on the outside will result in poor 
spectra and must not be placed into the NMR instrument in 
order to avoid probe degradation.

 14. Trying to concentrate your sample by reducing the sample 
volume is not recommended. It will cause difficulties for the 
NMR spectrometer to shim the sample. Furthermore, spectra 
recorded from samples which have been made up in a too 
small volume of deuterated solvent will almost always exhibit 
line broadening relative to a correctly prepared sample.

 15. If only little material is available, specific NMR tubes can be 
used, such as 3 mm or Shigemi®, to limit the quantity of sol-
vent; the use of cryoprobe will also improve the signal-to- 
noise ratio to overcome little quantity of sample.

 16. Do not fill the NMR tube with solvent. This will dilute your 
sample and waste solvent, and make shimming more difficult.

 17. Permanent marker can be used to write a reference on the top 
of the NMR tube or stick a label on the top of the NMR tube 
with the reference of the sample and the used solvent.

 18. “Water suppression” allows the elimination of unwanted sol-
vent resonances and the conservation of all others. It is com-
monly employed in the study of biological molecules where 
the water signal often dominates all others.

 19. Extracts of marine tissues contain salt in variable quantities 
which causes difficulties in NMR observation even to the point 
of preventing any signal detection. There are nevertheless sev-
eral possibilities to obtain spectra of saline samples, such as a 
preliminary desalination of the sample, the reduction of sample 
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concentration, or the replacement of the 5 mm NMR tube by, 
e.g., a 3 mm NMR tube in order to reduce the volume of the 
analyzed sample and thus the quantity of salt.

 20. When compounds containing OH, NH, or SH protons are 
placed in protonated solvents (D2O, MeOD), these hydrogens 
often exchange with deuterium spontaneously. Because of 
this, the signal of these protons “disappears” from the spec-
trum. By contrast, solvents like DMSO and acetone usually 
lead to discrete OH, NH, or SH signals. In many samples, 
OH, NH, and SH protons can be recognized from their char-
acteristic chemical shifts or broadened appearance. Their 
chemical shifts vary over a wide range depending on experi-
mental conditions.

 21. Samples, especially tissue extracts, contain pH-sensitive metab-
olites (amino acids and other classical compounds of metabo-
lism). Such molecules are particularly sensitive to cellular pH 
variation which tends to complicate NMR spectra interpreta-
tion, because chemical shifts and signal shape can be greatly 
modified according to pH conditions.

 22. NMR spectra of viscous samples (e.g., polymers, polysaccha-
rides) show often large signals at room temperature due to 
poor resolution. Sample can be diluted in order to improve 
resolution. If the resolution is still not improved or if the 
detection limit is reached, a spectrum can be recorded at a 
higher temperature to observe better resolved signals. Of 
course, the probe temperature must not come close to the 
boiling point of the solvent used.

 23. There are two possibilities to treat an unstable sample: (a) 
record the spectra at low temperature especially if the analysis 
is likely to take long (for example 2D characterization); and 
(b) quickly analyze the sample at room temperature using a 
cryoprobe. Moreover, some biological samples undergo 
microbial degradation in aqueous solutions. To overcome this 
problem, sodium azide can be added as biocide, except for 15N 
NMR analyses.

 24. NMR quantification requires the addition of an internal or 
external reference to the sample. When acquisition has ended, 
the spectrum is carefully integrated and integral(s) of the mol-
ecule to quantify and integral(s) of the reference compound of 
known concentration are compared to calculate the concen-
tration of the molecule studied. This method cannot be used 
when signals overlap: integrated signals must be isolated. 
Results are obtained quickly with a precision close to that 
obtained by HPLC post-column peak integration.

Gaëlle Simon et al.
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Chapter 13

Extraction, Purification, and NMR Analysis of Terpenes 
from Brown Algae

Marc Gaysinski, Annick Ortalo-Magné, Olivier P. Thomas, 
and Gérald Culioli

Abstract

Algal terpenes constitute a wide and well-documented group of marine natural products with structures 
differing from their terrestrial plant biosynthetic analogues. Amongst macroalgae, brown seaweeds are 
considered as one of the richest source of biologically and ecologically relevant terpenoids. These metabo-
lites, mostly encountered in algae of the class Phaeophyceae, are mainly diterpenes and meroditerpenes 
(metabolites of mixed biogenesis characterized by a toluquinol or a toluquinone nucleus linked to a diter-
pene moiety).

In this chapter, we describe analytical processes commonly employed for the isolation and structural 
characterization of the main terpenoid constituents obtained from organic extracts of brown algae. The 
successive steps include (1) extraction of lipidic content from algal samples; (2) purification of terpenes by 
column chromatography and semi-preparative high-performance liquid chromatography; and (3) struc-
ture elucidation of the isolated terpenes by means of 1D and 2D nuclear magnetic resonance (NMR). 
More precisely, we propose a representative methodology which allows the isolation and structural deter-
mination of the monocyclic meroditerpene methoxybifurcarenone (MBFC) from the Mediterranean 
brown alga Cystoseira amentacea var. stricta. This methodology has a large field of applications and can 
then be extended to terpenes isolated from other species of the family Sargassaceae.

Key words 1D and 2D NMR, Chromatographic techniques, Cystoseira amentacea var. stricta, 
Meroditerpenes, Phaeophyceae, Terpenes

1 Introduction

Phaeophyceae (brown algae) constitute one of the classes of marine 
organisms first studied by natural product chemists for the deter-
mination of their phytochemical composition [1]. These algae are 
widely known for their propensity to produce hydrocolloids and 
common lipids, but also have the ability to biosynthesize a large 
array of secondary metabolites, mainly terpenoids and phenolic 
derivatives. As shown in Fig. 1, terpenoids isolated from species of 
the class Phaeophyceae account for almost 40 % of all algal 



208

 metabolites described to date [2]. The main producers belong to 
the families Sargassaceae—a taxonomic group composed of the 
recent merger of the previous Sargassaceae and Cystoseiraceae 
families [3]—and Dictyotaceae, from which more than 80 % of all 
the compounds described from brown algae have been isolated.

From a chemical point of view, sargassacean species biosynthe-
size mainly meroditerpenes and linear diterpenes, whereas most 
compounds described from Dictyotacean species are cyclic diterpe-
noids, sesquiterpenes, and various types of meroterpenes. In 
Dictyotaceae, a majority of the terpenes are described from species 
of the genus Dictyota (Fig. 2a), these compounds being exclusively 
cyclic diterpenes which could be classified into three main chemical 
groups: dolabellanes, prenylated guaianes, and xenicanes [4, 5] 
(Fig. 3). In the same family, Dictyopteris and Taonia spp. are known 
to produce sesquiterpenes and meroterpenes, whereas species of 
the genus Stypopodium yield meroditerpenes. The family 
Sargassaceae is composed by several genera being the most prolific 
in terms of terpene yield. In species belonging to the genera 
Cystoseira, Sargassum, and Halidrys, meroditerpenoids constitute 
the most common metabolites [6, 7], while linear diterpenoids are 
predominant in the genus Bifurcaria [8], and various irregular iso-
prenoid derivatives are found in Cystophora spp. (Figs. 2b and 3).

More precisely, in the genus Cystoseira, meroditerpenoids 
could be classified into four main groups depending on the struc-
ture of their diterpene side chain: linear, monocyclic, bicyclic, or 
rearranged. All these compounds are derived from a common lin-
ear biosynthetic precursor, geranylgeranyltoluquinol, which could 
lead to a series of oxidized linear analogues by specific oxidations 
occurring predominantly at the C-5, C-12, and C-15 positions. 
Some of these activated linear meroditerpenes may be subjected to 

Rhodophyta
(red algae)

51%

Phaeophyceae
(brown algae)

38%

Dictyotacease 15%

Sargassaceae 17%

Other brown algae
6%

Chlorophyta
(green algae)

11%

Fig. 1 Taxonomic distribution of secondary metabolites produced by macroalgae
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cyclization, almost exclusively between C-7 and C-11, and their 
resulting monocyclic congeners then play a significant role in the 
biosynthesis of more complex Cystoseira metabolites [6, 7, 20] 
(Fig. 4).

Brown algae have adapted to a wide variety of marine ecological 
niches and their secondary metabolites may have ecological roles 
that are still poorly documented, especially for terpenoids. 
However, some of these compounds produced by several 
Dictyotaceae and Sargassaceae species have proved to exhibit 
antifouling effects against a great variety of colonizing organisms 
[9, 21–24]. In other ecological studies, the anti-herbivore activity 
of some terpenes has been demonstrated [25–28].

This chapter focuses on the Mediterranean brown alga 
Cystoseira amentacea var. stricta which has been widely studied for 
its ability to biosynthesize not only monocyclic but also a wide 
range of bicyclic and rearranged meroditerpenes. In particular, its 
organic extracts contain high amounts of methoxybifurcarenone 

69%
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b
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Taonia

Other Dictyotaceae

Bifurcaria

Cystophora

Cystoseira

Sargassum

Halidrys

Other Sargassaceae

Fig. 2 Taxonomic distribution of natural products in Dictyotaceae (a) and Sargassaceae (b)
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(MBFC, Fig. 5), a meroterpene bearing a monocyclic side chain, 
which is considered as a key intermediate in metabolic pathways 
leading to structurally more complex meroditerpenoids [29]. This 
compound has been previously described for its potent antifungal, 
antibacterial, and enzymatic inhibitory activities, and for its 
toxicity against larvae of Artemia salina [30, 31]. It should be 
mentioned that its demethyl analogue, bifurcarenone isolated from 
the brown alga Bifurcaria galapagensis, was found to exhibit 
 antibacterial activity and cytotoxicity against fertilized sea urchin 
eggs [32].
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Fig. 3 Selected examples of common terpenes isolated from brown algae: 1 was isolated from Halidrys sili-
quosa [9], 2 from Sargassum fallax [10], 3 from Stypopodium flabelliforme [11], 4 from Cystoseira sp. [12],  
5 from Dictyota dichotoma [13] and Dictyota spiralis [14], 6 from D. dichotoma and several other Dictyotaceae 
[13], 7 from D. dichotoma [15], 8 from Bifurcaria bifurcata [16], 9 and 10 from Cystophora moniliformis [17], 
11 from Taonia atomaria [18], and 12 from Dictyopteris undulata [19]
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In this chapter, we provide detailed protocols for the efficient 
extraction and isolation of MBFC from the lipidic extracts of 
C. amentacea var. stricta collected off the French Mediterranean 
coast. The NMR study implemented to elucidate the chemical 
structure of MBFC is also fully developed. This methodology 
could be easily generalized for all members of this chemical family 
which can be isolated from other species of Sargassaceae, and more 
largely from other brown algae.

2 Materials

 1. Brown alga Cystoseira amentacea var. stricta collected from the 
Mediterranean Sea (see Note 1), air-dried (oven), or stored at 
−20 °C before being freeze-dried.

 2. Ceramic mortar with a pestle or commercial Waring blender.
 3. Dichloromethane and methanol of analytical grade.
 4. Ultrasonic bath.
 5. Blank filter paper and glass funnel.

 1. Ethyl acetate, isooctane, methanol, and sulfuric acid of analytical 
grade, acetonitrile of high-performance liquid chromatogra-
phy (HPLC) grade, and MilliQ water.

 2. For CC fractionation, Si gel 60 (particle size 63–200 μm), 
glass column with a coarse frit (see Note 2).

 3. Several isooctane/ethyl acetate and then ethyl acetate/metha-
nol solutions (500 mL of each) of increasing polarity should be 
prepared for CC elution, starting from 20 % ethyl acetate in 
isooctane up to 100 % ethyl acetate (by increasing 20 % ethyl 
acetate at each step), and then from 100 % ethyl acetate up to 
100 % methanol (by increasing 20 % methanol at each step). 
Almost 50 mL of elute should be collected in each round flask 
(100 mL).

2.1 Algal Treatment 
and Extraction

2.2 Fractionation  
by Column Chromato-
graphy (CC), Analysis 
by Thin-Layer 
Chromatography, 
and Purification  
by High- Performance 
Liquid 
Chromatography

OH O

O OH
OCH3

4'
5' 3'

2'

1'7'

6' 2
3

4
5

7
8 9
1011

6

18 12

13

14 15

17

16

20

19
1

Fig. 5 Chemical structure of methoxybifurcarenone (MBFC) isolated from the 
brown alga Cystoseira amentacea var. stricta
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 4. For thin-layer chromatography (TLC), pre-coated TLC alumi-
num sheets Si60 F254 (20 × 10 cm), using isooctane/ethyl 
acetate (3:2, v/v) as eluting solvent, and an adapted TLC 
development chamber are used. TLC revelation is performed 
by treatment with a solution of sulfuric acid (1 M) followed by 
gradual heating on a heating plate.

 5. Final purification is performed using HPLC, e.g., using a 
Varian HPLC system, with refractometric detection, and 
Rheodyne syringe loading injector equipped with a 20 μL sam-
ple loop, semi-preparative VWR column, PurospherStar C18 
5 μm (250 × 10 mm), flow rate 3.0 mL/min using a mixture of 
acetonitrile in water as eluent (4:1, v/v).

 1. 5 mm NMR sample tube for 500 MHz magnetic field.
 2. Deuterated chloroform (CDCl3, 99.96 atom % D) in sealed 

glass ampoule.
 3. NMR spectrometer, Bruker Avance DRX 500 MHz: All exper-

iments are run at 298 K with a direct probe head (5 mm 
13C/1H Z-Grd) (see Note 3).

 4. All NMR experiments are carried out using pulse sequences 
supplied by the spectrometer manufacturer (Bruker, TopSpin 
2.1). Spectrum calibration is performed by using deuterated 
solvent as internal reference (CDCl3: 7.26 ppm for 1H NMR 
and 77.16 ppm for 13C-NMR) (see Note 4).

3 Methods

 1. Just after collection, clean the algal material from epiphytes 
and immediately (1) squeeze and dry the seaweed in air on 
paper filters (or in a ventilated oven at 30 °C), or (2) freeze it 
at −20 °C and freeze-dry.

 2. Grind coarsely the dried samples.
 3. Extract the algal powder three times with dichloromethane/

methanol (1:1, v/v) at room temperature (3 × 500 mL) in an 
ultrasonic bath (20 min for each extraction). Pool the extracts, 
filter them on a paper filter (through the funnel), and evapo-
rate them under vacuum (see Note 5).

 1. Fractionate the resulting crude extract through CC (Si60 gel) 
using isooctane/ethyl acetate/methanol gradient elution of 
increasing polarity to afford several fractions, some of them 
containing terpenes (see Note 6).

 2. Elute fractions with mixtures from 40 to 80 % of ethyl acetate 
in isooctane, which are those containing the main terpenoid 
constituents. Analyze those fractions by TLC and select fractions 
on the basis of the retardation factor (Rf) of their chemical 
constituents (see Note 7).

2.3 Structural 
Analysis by NMR

3.1 Algal Treatment 
and Extraction

3.2 Fractionation  
by Column Chromato-
graphy (CC), Analysis 
by Thin-Layer 
Chromatography, 
and Purification  
by High- Performance 
Liquid Chromato- 
graphy
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 3. Further purification of the selected fractions is achieved by 
semi-preparative RP-18 HPLC: Dissolve the selected fractions 
in methanol and inject them in the HPLC system. Repetitive 
injections allow the purification of methoxybifurcarenone 
(MBFC) in sufficient amount (see Note 8).

 1. Filter the HPLC subfraction containing MBFC and remove 
solvents under vacuum (see Note 9).

 2. Dissolve 15 mg of MBFC in deuterated chloroform and transfer 
in the NMR tube (see Note 10).

 1. Acquire 1H NMR spectrum (see Note 12) using the following 
parameters: Spectral width (SW): 6.3 kHz, center of SW (O1): 
2,785 Hz, number of complex data points: 64 k, acquisition 
time (aq): 5.3 s, relaxation delay (D1): 2 s, number of scan 
(ns): 120, number of dummy scan (ds): 4, and a 30° flip angle 
pulse width.

 2. Acquire 13C{1H} NMR spectrum (see Note 13) with the follow-
ing settings: SW: 30 kHz, O1: 12,625 Hz, number of complex 
data points: 64 k, aq: 0.87 s, D1: 2 s, ns: 10,000, and a 30° flip 
angle pulse width. 1H decoupling is achieved using Waltz 16 
pulse sequence. Prior to Fourier transformation, the fids are 
multiplied by an exponential line broadening function of 1 Hz.

 3. Acquire DEPT 135 and DEPT 90 NMR spectra (see Note 14) 
using the following: SW: 21.9 kHz, O1: 10,359 Hz, number 
of complex data points: 64 k, aq: 1.09 s, D1: 2 s, ns: 5,000 and 
a 90° flip angle pulse width. 1H decoupling is achieved using 
Waltz 16 pulse sequence. Prior to Fourier transformation, the 
fids are multiplied by an exponential line broadening function 
of 1 Hz.

 4. Acquire 1H-1H gs-COSY spectrum (see Note 15) with the fol-
lowing parameters: SW: 6.3 kHz in both dimensions, O1: 
2,785 Hz in both dimensions, number of complex data points 
in F2: 2 k, number of t1 increments: 256 (ten scans by incre-
ment), aq: 0.16 s, D1: 1.5 s. Prior to Fourier transformation, 
data are zero filled in F1.

 5. Obtain phase-sensitive gs-HSQC (echo-antiecho mode) spec-
trum (see Note 16) with SW in F1: 6.3 kHz, O1: 2,785 Hz, 
number of complex data points in F2: 1 k, SW in F2: 21.3 kHz, 
O2: 10,060 Hz, and number of t1 increments: 256 (48 scans 
by increment). Other main parameters are aq: 0.08 s, D1: 
1.4 s, and J1 (H–C): 145 Hz. Prior to Fourier transformation, 
a QSINE window function (SSB = 2) is applied in both dimen-
sions and the data are zero filled and predicted linearly 
(NC = 32) to 1 k data points in F1.

3.3 NMR Analysis

3.3.1 Sample 
Preparation

3.3.2 NMR Experiments 
(See Note 11)

Marc Gaysinski et al.
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 6. Acquire gs-HMBC spectrum (see Note 17) with the following 
settings: SW in F1: 6.3 kHz, O1: 2,785 Hz, number of 
complex data points in F2: 1 k, SW in F2: 28.17 kHz, and 
number of t1 increments: 256 (80 scans by increment). Other 
main parameters are the following: aq: 0.32 s D1: 1.5 s, and 
mixing time: 62.5 ms (optimized delay for a long-range cou-
pling of J = 8 Hz). Prior to Fourier transformation, a SINE 
window function (SSB = 0) is applied in both dimensions and 
the data are zero filled and predicted linearly (NC = 32) to 1 k 
data points in F1.

 7. Acquire phase-sensitive 1H-1H gs-NOESY (States-TPPI mode) 
experiment (see Note 18) using SW in F1: 6.3 kHz, O1: 
2,785 Hz in both dimensions, number of complex data points 
in F2: 2 k, number of t1 increments in F1: 256 (32 scans by 
increment), aq: 0.16 s, D1: 2 s, and mixing time (D8): 0.6 s. 
Prior to Fourier transformation, a QSINE window function 
(SSB = 2) is applied in both dimensions and the data are zero 
filled and predicted linearly (NC = 32) to 1 k data points in F1.

1D and 2D NMR spectra are used to determine the chemical 
structure of MBFC and, more generally, those of similar algal 
meroditerpenes.

 1. Usually, the terpene nature of the isolated compounds is easily 
defined thanks to characteristic 1H NMR isoprene signals such 
as singlet methyls observed from 0.7 to 2.0 ppm and/or broad 
triplet olefinic methines between 5.0 and 6.0 ppm. In the case 
of MBFC, five methyl groups are revealed by singlet signals at 
δH 1.16, 1.17, 1.35, 1.36, and 1.72, whereas its spectrum 
shows only one signal for a trisubstituted double bond at δH 
5.31 (t, J = 6.5 Hz, H-2). These data are in agreement with the 
occurrence of a diterpene chain which is modified on three out 
of its four isoprene units. If the isolated compound is a mero-
terpene, typical signals for protons of the toluquinol (or tolu-
quinone) moiety are detected as (1) doublets between 6.0 and 
7.0 ppm for methines (H-3′ and H-5′), (2) a singlet from 2.0 
to 2.5 ppm for the methyl group (H3-7′), and, in some case, 
(3) singlet(s) between 3.4 and 4.0 for methoxyl group(s). Such 
signals are observed on the 1H NMR spectrum of MBFC at δH 
6.58 (d, J = 3.0 Hz, H-5′), 6.53 (d, J = 3.0 Hz, H-3′), 2.26 (s, 
H3-7′), and 3.74 (s, CH3O). These data allow ascertaining that 
MBFC is a meroditerpene and suggest that a methoxyl and a 
free phenol groups are present in the toluquinol. Other 1H 
NMR signals on the spectrum of MBFC are identified as two 
scalar-coupled olefinic protons at δH 6.85 (d, J = 15.0 Hz, 
H-14) and 6.63 (d, J = 15.0 Hz, H-13), two deshielded sp3 
methylenes at δH 3.34 (t, J = 6.5 Hz, H2-1) and 3.03 (s, H2-4), 
and non- equivalent methylene and/or methine protons with 
complex coupling patterns (Table 1).

3.3.3 NMR Data Analysis

NMR Structural Analysis of Terpenes from Brown Algae
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Table 1 
NMR data (CDCl3, 500 MHz) for MBFC

No. δC Mult. δH (J in Hz) No. δC Mult. δH (J in Hz)

1 31.0 CH2 3.34 t (6.5) 15 71.3 C –

2 127.8 CH 5.31 t (6.5) 16 29.6 CH3 1.36 s

3 131.1 C – 17 29.6 CH3 1.35 s

4 55.9 CH2 3.03 s 18 20.4 CH3 1.17 s

5 209.2 C – 19 21.4 CH3 1.16 s

6 47.6 CH2 a: 2.42 d (15.5) 20 16.9 CH3 1.72 s
b: 2.25 d (15.5)

7 47.0 C – 1′ 146.7 C –

8 37.1 CH2 a: 1.91 m 2′ 128.1 C –
b: 1.71 m

9 20.2 CH2 1.72 m 3′ 113.2 CH 6.53 d (3.0)

10 34.5 CH2 a: 2.32 m 4′ 153.3 C –
b: 1.53 m

11 60.1 C – 5′ 114.2 CH 6.58 d (3.0)

12 204.8 C – 6′ 126.4 C –

13 122.8 CH 6.63 d (15.0) 7′ 16.7 CH3 2.26 s

14 152.8 CH 6.85 d (15.0) OCH3 55.8 CH3 3.74 s

δC 13C NMR chemical shifts, Mult multiplicity of carbon atoms, δH 1H NMR chemical shifts (multiplicity of protons: 
s for singlet, d for doublet, t for triplet, and m for multiplet), J coupling constants

 2. 13C and DEPT spectra allow assessment of the number and 
multiplicity of the carbon atoms of the studied compound. 
Sesquiterpenoids and diterpenoids typically include 15 and 20 
carbon atoms, respectively. This number could be supplemented 
by seven carbon atoms if a toluquinol part is also present, 
and by one or two additional carbon atoms for each subse-
quent methoxyl or acetate group, respectively (see Note 19). 
HSQC spectrum allows the unambiguous assignment of carbon 
resonances to their directly attached protons (Table 1). For 
MBFC, 28 signals are observed in the 13C NMR spectrum and 
further characterized by DEPT experiments as seven methyls, 
six sp3 methylenes, five olefinic methines, and ten quaternary 
carbons (which include five olefinic, two carbonyl, and three 
sp3 carbon atoms). These data confirm the presence of the 
toluquinol moiety, and therefore the meroditerpenoid nature 
of MBFC, but also demonstrate the occurrence of two ketone 
carbonyls at δC 204.8 (C-12) and 209.2 (C-5).

Marc Gaysinski et al.
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 3. With a full analysis of 1H-1H COSY and HMBC spectra, the 
spin-coupled systems are sequentially connected (Fig. 6), thus 
enabling complete assignments of NMR signals and the eluci-
dation of the chemical structure of MBFC (see Note 20).

 4. 1H-1H NOESY spectrum evidences spatial coupling and is 
then used to complete the structural characterization of terpe-
noids defining the E/Z configuration of double bonds and the 
relative configuration of potential stereocenters. These data 
also contribute to attribute ambiguous 1H signals and to assert 
the localization of some chemical groups. The configuration of 
the Δ1 double bond is assigned as E on the basis of correlations 
between H3-20/H2-1 and H-2/H2-4 on the 1H-1H NOESY 
spectrum of MBFC but also due to the upfield 13C NMR signal 
of the methyl carbon of the isoprene unit at δC 16.4 (CH3-20) 
(see Note 21) [33, 34]. The E configuration of the Δ13 double 
bond is deduced from the value of the 3JHH coupling constant 
(15.0 Hz). The relative configuration of the two CH3-18 and 
CH3-19 bridgehead methyls is assigned as cis by comparison 
with other structurally similar compounds [29, 32, 35–37].

 5. These meroditerpenoids are subject to transformation into the 
C-3 epimeric mixtures of their corresponding chromenes and 
chromanes when subjected to acidic conditions (Fig. 7). Such 
degradation is observed for MBFC within a few hours in the 
NMR tube filled with CDCl3 (see Note 22).

4 Notes

 1. Due to their great ecological interest and their scarcity, all 
species of the genus Cystoseira (except C. compressa) are now 
protected as amended by the Convention for the Protection of 
the Marine Environment and the Coastal Region of the 
Mediterranean (Barcelona Convention, 1992).

 2. A minimum ratio of 40:1 (w/w) stationary phase/crude 
extract should be used. An increase of this ratio (e.g., 100:1) 
would allow a better separation of the phytochemical constitu-
ents. The size of the glass chromatographic column should be 
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Fig. 6 Key 1H–1H COSY and HMBC correlations observed for MBFC
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selected depending on the quantities of stationary phase 
involved in the separation process.

 3. In order to increase sensitivity, different probes could be used: 
direct probe head for 13C NMR spectra and inverse probe head 
for 1D and 2D NMR experiments, such as 1H, 1H-1H COSY, 
HSQC, HMBC, or 1H-1H NOESY.

 4. Usually zero calibration is done with tetramethylsilane (TMS). 
But, in the case of small amounts of analyte, it is recommended 
to conduct the procedure without TMS in order to obtain an 
optimized gain value. At the end of the analysis, TMS could be 
added to set the zero of the chemical shift scale.

 5. For these algae and using this method, extraction yield could 
fluctuate depending on collection site, season, and species, but 
common values range from 4 to 8 % (w/w).

 6. Dry loading, a common technique in chromatography is used 
when most of the components of the crude extract are spar-
ingly soluble in the first eluting mixture (in this case, isooc-
tane/ethyl acetate, 4:1, v/v). This step is performed by total 
solubilisation of the crude extract in the solvent extraction 
mixture (dichloromethane/methanol, 1:1, v/v), addition of 
stationary phase (Si60, in the ratio stationary phase/crude 
extract 1:1, w/w), and removal of the solvents under reduced 
pressure. The obtained dry sample is loaded on the top of the 
glass chromatographic column.
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Fig. 7 Degradation of meroterpenoids into the C-3 epimeric mixtures of their 
chromane and chromene derivatives
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 7. With such chromatographic conditions, carotenes, chloro-
phylls, sterols, and xanthophylls are eluted with Rf of 0.9-0.8, 
0.7-0.6, 0.5, and 0.3, respectively. Sterols are unambiguously 
identified by their pinkish coloring after the TLC plate being 
treated with sulfuric acid and heated. The main terpenes, 
including MBFC, are eluted with Rf from 0.5 to 0.3.

 8. The concentration of the sample should be cautiously adjusted 
in order to be sufficient to limit the number of injections but not 
too high to avoid column saturation. Commonly, concentration 
values between 1 and 20 mg/mL might be acceptable. As in the 
case of the crude extracts, extraction yield of MBFC from samples 
of C. amentacea var. stricta could drastically fluctuate depending 
on the specific characteristics of the sample (site, season, preser-
vation mode, etc.) but also, due to the degradability of MBFC 
in acidic conditions, extraction time and length of the separation 
processes. Typical extraction yields of MBFC could range from 
0.1 to 1 % (w/w) of the algal sample.

 9. A sample with suspended solid particles will cause broadening 
of the NMR signals and indistinct spectra. One of the reasons 
that may explain this phenomenon is the poor magnetic field 
homogeneity of the sample cause by difference of magnetic 
susceptibilities between solid and solution.

 10. The appropriate quantity of compound required for the acqui-
sition of good NMR spectra is about 5–20 mg. At lower con-
centrations, spectra will be dominated by signals of common 
contaminants.

 11. In order to obtain the best results, sample preparation (quality 
of NMR tube and deuterated solvent, solution homogeneity, 
etc.), field homogeneity (shimming could be done manually or 
automatically), sample temperature, adjustment of the probe 
(tuning and matching), and determination of the correct 
radiofrequency pulse (P90, 90° pulse length for 1H) require 
special attention.

 12. A first 1H NMR spectrum allows the characterization of the 
different sets of protons of the molecule and also the optimiza-
tion of three crucial parameters for the following 2D NMR 
experiments (SW, O1, and P90). The best way to proceed is 
firstly to determine SW and O1, then to measure P90, and 
finally to acquire a 1H spectrum with optimized values for 
these parameters.

 13. This spectrum allows the identification of the carbon atoms 
within the molecule. A larger SW value should be chosen to be 
sure to see all signals. By the way, with this experiment, two 
important parameters, SW and O1, can be optimized for fur-
ther 2D NMR (HMBC). If only small quantities of analyte are 
available or in the case of freely soluble samples, the use of 
Shigemi or capillary NMR tubes might increase the sensitivity. 

NMR Structural Analysis of Terpenes from Brown Algae
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Information given by this experiment can also be indirectly 
obtained via F1 projection of some 2D NMR data (HSQC and 
HMBC).

 14. When an unknown sample is analyzed, both DEPT 135 and 
DEPT 90 experiments may be performed. Two useful param-
eters (SW and O1) for 2D NMR (HSQC) can be optimized. 
For both analytical procedures, the scan number used to 
acquire the 13C spectrum can be divided by 2.

 15. For this analysis, P90 1H pulse length should be used. If infor-
mative COSY cross peaks are likely to be found close to the 
diagonal, the alternative 1H-1H gs-COSY 45 experiment can 
be used.

 16. P90 1H pulse length should be used for the acquisition of this 
spectrum. The advantage of this experiment is to have a DEPT 
135 in the 2D map correlation.

 17. This analysis needs the use of P90 1H pulse length. Various 
mixing times (coupling constant) should be used in order to 
detect all the correlations. The initial value of this parameter 
can be set at 62.5 ms (8 Hz). If some correlations are missing, 
higher (100 ms, 5 Hz) or lower (50 ms, 10 Hz) values of mix-
ing time might be tried. If only small quantities of analyte are 
available, it can be useful to reduce the number of t1 incre-
ments in F1 dimension (TD1) to 128 and increase the scan 
number (ns).

 18. For this analysis, P90 1H pulse length should be used. For this 
kind of molecule (MW < 1,000 Da), a first value of mixing time 
(D8) can be fixed at 600 ms (8.3 Hz). If none or low correla-
tions are observed, it can be useful to (1) lower the tempera-
ture, (2) degas the sample, and (3) optimize the value of D8 
(measure of 1H spin-lattice relaxation time, T1). If correlation 
peaks appear with the same sign as the diagonal peaks, the 2D 
1H-1H ROESY NMR experiment should be preferred. The 1D 
NMR version of this experiment (sel-NOESY) is also interest-
ing in case of overlapped spin systems. Then, it is possible to 
identify more precisely specific spin systems, measure coupling 
constants, and quantify NOE effects (a way to determine inter-
proton distances).

 19. This number can be reduced in case of symmetry (but it is 
quite rare in such compounds) or isochronous nuclei.

 20. It can be pointed out that, as previously argued for diterpenes 
and meroditerpenes isolated from Cystoseira spp. [6, 7], MBFC 
shows oxidized functions at the preferred positions C-5, C-12, 
and C-15.

 21. Before the current use of NOESY data, assignments of the 
geometry of the double bonds were based upon the 13C 
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chemical shifts of the methyl groups of the terpene unit: the 
configurations were assigned as E when the 13C NMR chemical 
shift of the methyl signal was lower than 20 ppm and Z when 
this value was upper than 20 ppm.

 22. In order to avoid such a phenomenon (Fig. 8), NMR spectra 
might be recorded in C6D6. Moreover, in this solvent 1H NMR 
signals are shifted and some of them which are overlapped in 
CDCl3 become clearly separated. Nevertheless, for comparison 
with literature data, it should be very informative to use NMR 
data obtained in CDCl3.
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Chapter 14

Extraction, Isolation, and Identification of Sesquiterpenes 
from Laurencia Species

Angélica Ribeiro Soares

Abstract

The knowledge about the chemical structure of the secondary metabolites and their relative abundances 
in algae is very important to several fields of basic and applied research in biology, chemistry, and many 
other disciplines. The attainment of such knowledge requires special attention to the origin of the organism 
in question and the methodology applied. Here, we present a protocol to obtain and identify some sesqui-
terpenes from Laurencia species based on traditional methodologies, such as flash and thin-layer chroma-
tographies, nuclear magnetic resonance spectroscopy, and gas chromatography mass spectrometry. Red 
algae of the genus Laurencia are known to produce structurally diverse terpenes; most of them are 
halogenated compounds with important ecological functions and significant potential for the discovery of 
new biotechnological applications.

Key words Chromatography fingerprints, Flash chromatography, GC–MS, Halogenated sesquiterpenes, 
NMR, Sesquiterpenes, Thin-layer chromatography

1 Introduction

Red algae of the genus Laurencia (family Rhodomelaceae, order 
Ceramiales) are known to produce structurally diverse natural 
products, most of them halogenated compounds of distinct chemi-
cal classes such as sesquiterpenes, diterpenes, triterpenes, and ace-
togenins [1–3]. Numerous reports have highlighted the important 
ecological function and the potential biotechnological application 
of these metabolites [3–5]. Although the genus Laurencia is con-
sidered the most heavily studied algal group, it is still a prolific 
producer of new compounds from the marine environment [2, 3]. 
This remarkable chemical diversity is observed not only between 
species but also for different populations, geographically close or 
distant [6–8]. Information on chemical diversity can be used to 
guide future efforts to select populations aiming to obtain specific 
compounds from Laurencia species, including the identification of 
secondary metabolites with biotechnological potential.
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However, the processes employed to isolate and identify algae 
secondary metabolites strongly determine the final outcome of the 
analysis. In general, samples obtained from algae are complex 
mixtures and the qualitative as well as the quantitative content of 
compounds may be very variable. The number of compounds 
obtained and their relative amounts depend on (a) how the bio-
logical material was treated, (b) what extraction and isolation 
techniques were employed, (c) how the chemical structures of the 
compounds were determined, and (d) what technique was used to 
assess the chemical variability of the sample. Here we describe an 
simple and commonly applied strategy to obtain sesquiterpenes 
from Laurencia spp. These compounds are widely distributed and 
especially abundant within this genus, and represent around 50 % 
of all secondary metabolites already isolated [2, 3]. Then we exem-
plify the isolation and identification of four sesquiterpenes: obtu-
sane (1), triquinane derivative (2), elatol (3), and obtusol (4), one 
non- halogenated molecule, and three halochamigranes distrib-
uted in a wide range of species of the genus Laurencia collected 
from the Brazilian coast. Besides their ecological importance, these 
compounds have been shown a broad spectrum of pharmacologi-
cal activity [3, 4] (Fig. 1).
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Fig. 1 Structures of obtusane (1), triquinane derivative (2), elatol (3), and obtusol (4)
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2 Materials

Use only pure organic solvents obtained commercially or by 
distillation. Diligently follow all waste disposal regulations when 
disposing waste materials. Use a rotary evaporator to remove the 
solvent from the samples.

 1. n-Hexane:ethyl acetate 50:50 (v/v).
 2. Blender.
 3. Ultrasonic bath.
 4. Sintered glass funnel.

 1. Thin-layer chromatography (TLC): Aluminum plates pre- 
coated with silica gel 60 GF254 (10 × 10 cm, thickness: 
0.25 mm).

 2. TLC mobile phase: n-Hexane:dichloromethane (v/v).
 3. Dichloromethane (or ethyl acetate).
 4. Pasteur pipette or a capillary tube.
 5. 5 % sulfuric acid in ethanol: Add w/v of concentrated sulfuric 

acid (H2SO4 % ≥ 98.0) to ethanol (99.5 %, ACS) (see Note 1).
 6. UV-lamp with two different wavelengths (254 and 365 nm).

 1. Ethyl acetate.
 2. 0.45 μM PTFE syringe filter.
 3. Gas chromatography coupled to mass spectrometry (GC–MS) 

in the electron impact mode (70 eV) using an Rtx-1MS capil-
lary column (60 m × 0.25 mm; film thickness: 0.1 μm, Restek). 
Helium should be used as carrier gas.

 1. 5 mm NMR tubes.
 2. Pasteur pipettes.
 3. Nuclear magnetic resonance spectrometer operating at 

300.13 MHz for 1H and 75.47 MHz for 13C. Chemical shifts 
are reported in parts per million (δ) downfield from the inter-
nal standard tetramethylsilane (TMS).

 4. Deuterated chloroform (CDCl3).

 1. Silica gel (SiliaFlash® F60 40–63 μm (230–400 mesh) 60 Å, 
Silicycle, Quebec City, QC, Canada).

 2. n-Hexane.
 3. Glass columns of different diameters (ø = 1.2, 1.8 and 5.0 cm) 

containing a sintered glass disc (grade 3) at the bottom.

2.1 Extraction

2.2 Thin-Layer 
Chromatography

2.3 Gas 
Chromatography–
Mass Spectrometry

2.4 Proton 
and Carbon Nuclear 
Magnetic Resonance 
Spectroscopy

2.5 Flash 
Chromatography

Isolation of Sesquiterpenes from Laurencia
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 4. A vacuum-filtering flask (Erlenmeyer shape).
 5. Dichloromethane.
 6. n-Hexane:dichloromethane solutions: 100:0, 75:25, 50:50, 

0:100 (v/v).
 7. Dichloromethane:methanol solutions: 50:50, 0:100 (v/v).
 8. Fractionation of fraction F2: n-Hexane:dichloromethane 

solutions: 60:40, 55:45, 50:50, 48:52, 45:55, 0:100 (v/v).

 1. Polarimeter: Optical rotations should be measured in methanol 
using a polarimeter with a sodium lamp at 598 nm and 25 °C.

 2. Fourier transform infrared spectrophotometer, using bromide 
potassium (KBr) pellets.

 3. High-resolution mass spectrometer with electrospray ioniza-
tion (ESI) or atmospheric-pressure chemical ionization 
(APCI).

 4. NMR spectrometer.

3 Methods

Carry out all procedures at room temperature.

 1. Clean the freshly collected biological material using seawater 
to eliminate any associated organisms, sand, etc.

 2. To air-dry the algae at room temperature spread them out on 
paper towel and keep them protected from sunlight or strong 
light sources. If a freeze-dryer is available it could be used, 
although many sesquiterpenes can be extracted by simple 
air-drying.

 3. Grind the dry material using a blender.
 4. In a screw cap Erlenmeyer flask, add 100.0 g of the milled 

material with 0.8 L of the extraction solvent (8 mL of solvent 
to each 1 g of dry algae).

 5. Sonicate the Erlenmeyer for 20 min in an ultrasonic bath at a 
constant temperature of 25 °C. Thereafter close the flask and 
keep it at room temperature for solvent extraction overnight 
on the bench, protected from light.

 6. Separate supernatants using a sintered glass funnel (vacuum 
can be used if necessary).

 7. Remove the solvent of the supernatant liquid fraction at 
reduced pressure with the assistance of a rotary evaporator 
(see Note 2).

 8. Transfer the concentrated material with the solvent assistance 
to a tared small vial. The solvent removed by this equipment 

2.6 Equipment 
for Chemical 
Identification

3.1 Extraction

Angélica Ribeiro Soares
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could be added again to the Erlenmeyer containing the 
biomass to continue the process of extraction. To increase the 
yield, the same biomass should be extracted at least three times. 
The material obtained from all extractions should be combined 
within the same tared small vial.

 9. Evaporate the residual solvent from the sample in the small vial 
by using a rotary evaporator, or a centrifugal vacuum concen-
trators or a nitrogen flow. After evaporation of solvent deter-
mine the weight and calculate the crude extract yield.

Since every biological sample is different, it is important to deter-
mine the chemical profile of the crude extract before starting any 
effort to obtain a natural compound. The information on the com-
plexity and the kinds of compounds present within a sample can be 
very useful to guide the isolation of the target compound. There are 
many different methods to obtain this information; chromato-
graphic techniques may also be coupled with spectroscopy methods 
such as mass spectrometry and nuclear magnetic resonance which 
are most commonly used. Since all crude extracts are complex mix-
tures, chromatography is the most effective way to separate them 
into their components for further identification. However, spectros-
copy by nuclear magnetic resonance has emerged as an important 
technique for compound identification. Despite its importance for 
structural elucidation of a pure compound, information about the 
chemical traits of the major compounds can be very useful to iden-
tify quickly the class of secondary metabolites in a sample. Here we 
outline the use of three useful techniques to guide chemical charac-
terization work of secondary metabolites in Laurencia spp.: TLC 
(the simplest chromatographic method), GC–MS, and 1H nuclear 
magnetic resonance spectroscopy (1H NMR).

 1. Cut a TLC plate to 5 × 2 cm (height × width) with the assis-
tance of one scissor (if it is a plastic- or aluminum-backed plate) 
(see Note 3).

 2. Prepare a TLC tank (see Note 4) by lining with a filter paper 
and adding the mobile phase (see Note 5) to a depth of about 
0.3 cm.

 3. Prepare a sample of your crude extract for TLC (ca. 1–2 % 
solution) by dissolving a small quantity (1.0–1.5 mg) in dichlo-
romethane (or ethyl acetate).

 4. Using a soft pencil, gently mark a dot about 0.5 cm from the 
bottom. Apply the sample solution on the TLC at the dot 
using a Pasteur pipette or a capillary tube (see Note 6). Wait 
for solvent evaporation.

 5. Under a fume hood, place the TLC plate in the TLC tank. 
Allow the solvent to creep up the TLC plate until it is about 

3.2 Chemical Profile 
of the Crude Extract

3.2.1 Chemical Profile 
by TLC

Isolation of Sesquiterpenes from Laurencia
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0.3 cm from the top and then remove it from the tank. Keep 
the plate under the fume hood until complete solvent evapora-
tion. Before evaporation, mark the initial level of the solvent 
front on the plate with the aid of a pencil. Wait for the complete 
solvent evaporation from the plate.

 6. To visualize the spots after the run, first place the TLC plate 
under the UV lamp (see Note 7) to show any UV-active spots. 
Plates that have been impregnated with a fluorescent indicator 
will show spots for the compounds under an ultraviolet light 
due to quenching of the fluorescence by the substance on the 
plate. Use a pencil to surround the spots. Then spray the plates 
with 5 % sulfuric acid in ethanol (see Note 8) and heat the plate 
at 100 °C until the spots appear.

 7. After the reaction with sulfuric acid obtusane, triquinane deriv-
ative, elatol, and obtusol will appear as yellow, pink, navy, and 
purple spots, respectively. The retardation factor values (Rf; 
see Note 9) of obtusane, triquinane derivative, obtusol, and 
elatol using SiOH TLC plate in n-Hexane:dichloromethane 
solution 50:50 (v/v) are around 0.85, 0.55, 0.50, and 0.45, 
respectively (see Note 10).

 1. Dissolve 2.0 mg of crude extract in 1.0 mL of ethyl acetate 
and filter it through a 0.45 μM PTFE syringe filter prior to 
injection.

 2. Use the following conditions for GC–MS analysis: Temperature 
of injector, interface, and ion source should be set at 260, 260, 
and 240 °C, respectively. The temperature of the oven should 
be programmed to keep at 100 °C for 2 min and then increase 
the oven temperature, at a rate of 8 °C/min, to 300 °C. The 
flow rate of the carrier gas should be set to 1.8 mL/min. Inject 
the sample in split mode (1 μL; ratio 1:20).

 3. Obtain the chromatogram at the “full scan” mode monitoring 
the molecular weight between m/z 100 and 600. The com-
pounds will be identified based on mass spectral and retention 
time comparison with the isolated compounds. The expected 
retention times for obtusane (1), triquinane derivative (2), 
elatol (3), and obtusol (4) are 16.4, 6.7, 14.8, and 18.0 min, 
respectively. Examples of chromatograms from three different 
populations (A–C) of Laurencia dendroidea collected at the 
Brazilian coast are illustrated in Fig. 2, showing qualitative and 
quantitative differences. The sesquiterpenes obtusane (1), 
triquinane derivative (2), elatol (3), and obtusol (4) were 
observed in parts of the samples and, when present, at different 
concentrations. Life cycle, ecological factors, as well as genetic 
variation can influence the secondary metabolite composition 
of an organism and contribute to the chemical diversity 

3.2.2 Chemical Profile 
by GC–MS

Angélica Ribeiro Soares



231

observed within populations. Such chemical variation between 
samples should be considered before starting any phyto-
chemical work.

 1. Weigh 5.0 mg of the crude extract. Dry the sample for 2 h in a 
freeze-dryer to eliminate any water or solvent residues.

 2. Dry a clean NMR tube and the Pasteur pipette for 15 min in 
an oven at 70 °C.

 3. Dissolve the sample in 500 μL of CDCl3 containing 0.05 % 
TMS (v/v) as an internal standard.

 4. Transfer the solution with the assistance of a dry Pasteur pipette 
into the NMR tube (see Notes 11 and 12).

 5. The NMR analysis should be operating at a proton NMR fre-
quency of 300.13 MHz at either 20 or 25 °C. Obtain each 
spectrum using the 256 scans and 300 k data points, with a 
pulse width of 8.0 μs (30°) and relaxation delay of 2.0 s.

In general, a rapid inspection of the 1H NMR spectrum of 
Laurencia crude extract will allow the detection of the halogenated 
chamigrane sesquiterpenes. The group of signals (in the most cases 
singlet or doublet) are between 5.5–3.2 ppm (characteristic of 

3.2.3 Chemical Profile  
by 1H NMR

2
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5 10 15

Time (min.)
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Fig. 2 Chromatograms of crude extracts of Laurencia dendroidea from different populations (A–C) collected 
from the Brazilian coast. Obtusane (1), triquinane derivative (2), elatol (3), and obtusol (4)
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halogen and oxygen substitution as well as dehydrogenations at 
different positions in the skeleton) and 2.0–0.8 ppm (methyl 
groups bonded to tertiary carbons) and can be used as diagnostics 
signals to detect halogenated chamigrane sesquiterpenes in the 
sample. The complete 1H and 13C NMR signals for compounds 
obtusane (1), triquinane derivative (2), elatol (3), and obtusol (4) 
are shown in Table 1.

 1. Homogenize 60.0 g of silica gel in 100 mL of n-Hexane  
(see Note 13).

 2. Pour the mixture gently into the glass column (ø = 5.0 cm) or 
glass Buchner funnel (see Note 14) and connect it to a vacuum- 
filtering flask with the assistance of a rubber adapter. Pressurize 
the column gently to pack the silica (see Notes 15 and 16).

 3. Solubilize 3.0 g of crude extract (see Note 17) in a minimum 
amount of dichloromethane (around 5.0 mL) and mix it with 
a small amount of silica (enough to form a 3–5 mm layer at the 
top of the column). Dry the mixture using a gentle airflow or 
a rotary evaporator (see Note 18).

 4. Very carefully load the dry sample-impregnated silica  
(see Note 19) evenly onto the top of the column with the 
assistance of a spatula. During this process it is essential to 
create a flat surface of the sample-impregnated silica  
(see Note 20).

 5. Elute the column in n-hexane:dichloromethane (100:0, 75:25, 
50:50, 0:100; v/v) and dichloromethane:methanol (50:50, 
0:100; v/v) using a volume of 200 mL for each solution  
(see Notes 21 and 22). The elution results in six fractions  
(F1–F6).

 6. Remove the solvents from each fraction with the assistance of 
a rotatory evaporator.

 7. Analyze the column fractions obtained by running TLCs  
(see Subheading 3.3) to know the chemical complexity of each 
sample and identify all target compounds. However, as each 
biological sample is different (e.g., Fig. 2) it is likely that dif-
ferent compounds can be found in each fraction and some 
modifications should be applied during the purification steps 
to improve results. Before starting a new flash column it is first 
necessary to determine the amount of silica gel required and 
the solvent system to be used (see Notes 5 and 23). The frac-
tion F1 (obtained in 100 % n-hexane) can be re-chromato-
graphed using an isocratic elution system.

 8. Mount the silica gel column (ø = 1.2 cm), containing a sintered 
glass disc at the bottom, vertically using a clamp stand and 
connected it to a vacuum-filtering flask.

3.3 Fractionation 
and Purification 
of Crude Extracts 
from Laurencia 
Species Containing 
Sesquiterpenes 
as Major Compounds

Angélica Ribeiro Soares
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 9. Pack the silica gel (20.0 g) as described in step 1.
 10. Solubilize the sample (200 mg) in a minimum amount of 

n-Hexane and load the solution as described in step 3.
 11. Elute the column in 100 % n-Hexane (150 mL) and collect 

fractions with 10–15 mL each. Obtusane should be identified 
in the subfraction 7.

 12. To continue the fractionation process to obtain other sesqui-
terpenes, the fraction F2 (1.2 g), obtained in step 5, should be 
re-chromatographed using flash chromatography.

 13. Use a gradient elution system on silica gel in a column 
(ø = 1.8 cm) containing a sintered glass disc at the bottom.

 14. Homogenize the silica (60.0 g) in n-hexane:dichloromethane 
(60:40; v/v) and prepare the column as described in step 1.

 15. Prepare the sample as described in step 2 and apply the dry 
sample-impregnated silica according to step 3.

 16. Elute the column with a gradient of elution 
hexane:dichloromethane (60:40; 55:45; 50:50; 48:52; 45:55; 
0:100; v/v) with 100 mL of each mixture. Collect fractions 
with 20–25 mL each.

 17. Analyze all the fractions obtained by TLC (as described in 
Subheading 3.2.1) and combine the fractions with the same 
chemical profile. Triquinane derivative is usually obtained in 
hexane:dichloromethane (55:45; v/v). Elatol and obtusol are 
usually obtained in hexane:dichloromethane (50:50; v/v) and 
in hexane:dichloromethane (48:52; v/v), respectively.

 1. Common methods, such as infrared spectroscopy (IR), high- 
resolution mass spectra (HRMS), and nuclear magnetic reso-
nance (NMR) are used for determining the chemical structure 
of a compound. To identify the compounds obtained, analyze 
the purified fractions by optical rotation, IR, HRMS, 1H NMR, 
and 13C NMR and compare the data with the spectroscopic 
data of each compound (Fig. 1) listed below and in Table 1:

Obtusane (1):

White gum.

a[ ] + ( )D
c CHCl25

318 8 0 05. . , .

IR (KBr) νmax 2926; 1716; 1456; 911; 870; 804; 738 cm−1.
HRMS: m/z 398.6037 (calcd. for C15H23Br2Cl).
GC–MS m/z (rel int. %): 402 (1), 400 (4), 398 (5), 396 (2), 

385 (3), 383 (5), 381 (2), 319 (11), 318 (15), 316 (10), 
283 (21), 281 (22), 239 (10), 237 (28), 202 (12), 201 
(54), 109 (100), 107 (39).

1H and 13C NMR spectroscopic data, see Table 1.

3.4 Structural 
Identification of Some 
Sesquiterpenes
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Triquinane derivative (2):

Colorless oil.

a[ ] ( )D
c CHCl25

311 31 0 67– . . , .

IR (thin film) νmax 3035, 2932, 2865, 1720, 1457, 1375, 
1239, 1165, 1082, 1006, 900 cm−1.

HRMS: m/z 222.3669 (calcd. for C15H26O).
GC–MS m/z (rel int. %): 222 (3), 207 (1), 189 (1), 135 (37), 

86 (100), 85 (14), 81 (32), 79 (10).
1H and 13C NMR spectroscopic data, see Table 1.

Elatol (3):

Colorless oil.

a[ ] ( )D
c CHCl25

366 2 0 13– . . , .

IR (thin film) νmax 3458, 2970, 2947, 1718, 1676, 1437, 
1346, 1215, 1082, 1029, 898, 817; 736 cm−1.

HRMS: m/z 334.6995 (calcd. for C15H23BrClO).
GC–MS m/z (rel int. %): 319 (2), 317 (1), 299 (3), 297 (3), 

281 (2), 253 (8), 238 (7), 237 (40), 236 (18), 235 (100), 
217 (7), 209 (15), 207 (29), 200 (9), 199 (36), 193 (8), 
181 (6), 179 (13), 173 (6), 172 (5), 171 (21), 169 (13), 
167 (9), 165 (17), 161 (5), 159 (10), 158 (6), 157 (27), 
156 (5), 155 (17), 153 (29), 145 (11), 144 (8), 143 (25), 
142 (8), 141 (26), 139 (19), 135 (12), 133 (25), 155 (12), 
130 (6), 129 (19), 128 (12), 127 (23), 125 (6), 121 (18), 
119 (23), 117 (19), 116 (7), 115 (28), 109 (25), 108 (6), 
107 (36), 105 (36), 95 (12), 93 (29), 91 (58), 85 (76).

1H and 13C NMR spectroscopic data, see Table 1.

Obtusol (4):

White powder.

a[ ] + ( )D
c CHCl25

39 61 0 05. . , .

IR (KBr) νmax 3465, 2969, 1640, 1441, 1384, 1350, 1314, 
1200, 1089, 1024, 907, 813, 792 cm−1.

HRMS: m/z 414.6030 (calcd. for C15H23Br2ClO).
GC–MS m/z (rel int. %): 319 (25), 318 (17), 317 (100), 316 

(13), 315 (76), 299 (17), 297 (18), 235 (23), 217 (12), 
200 (18), 199 (47), 173 (13), 171 (13), 169 (12), 163 
(11), 159 (10), 157 (34), 145 (20), 143 (30), 141 (13), 
135 (15), 134 (10), 133 (43), 131 (17), 129 (21), 127 
(11), 121 (13), 119 (52), 117 (21), 115 (19), 109 (12), 
107 (70), 106 (11), 105 (67), 93 (55), 91 (71), 85 (97).

1H and 13C NMR spectroscopic data, see Table 1.
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 2. After obtaining and identifying the compounds analyze each 
one by co-injection with standard compounds under the same 
GC–MS conditions. This will provide the correct identifica-
tion of the chromatographic signals in chromatogram.

4 Notes

 1. The solution is stable at room temperature.
 2. Avoid bath temperatures higher than 40 °C because excessive 

heat can lead to the decomposition of the compounds.
 3. If more than one sample is analyzed on a TLC plate, the 

appropriate width of plate should be enough to leave a 0.5 cm 
gap between individual spots.

 4. Commercial TLC tanks can be used, but it is usually much 
cheaper and convenient to use a 100 mL beaker with a watch 
glass or a Petri plate as lid.

 5. The polarity of the TLC solvent system (mobile phase) can be 
changed depending on the polarity of the compounds in the 
sample and the distance between their spots on the TLC plate. 
The polarity of the mixture can be adjusted easily by changing 
the proportions of the two solvents used. For example, if the 
compounds analyzed are polar (they will bind more strongly 
to the silica on the TLC plate) and do not travel much with 
the solvent system used, then a larger amount of the polar 
solvent (or a more polar solvent) should be used, e.g., 100 % 
dichloromethane.

 6. Load a small amount of the solution in the pipette. Usually the 
absorbed capillary content is enough. This will prevent the 
spreading of the sample on the TLC forming a large spot. 
A good spot should have an internal diameter of 1.0–1.5 mm.

 7. Wear UV-protective glasses and do not look directly at the 
light.

 8. To see the spots on the TLC plate other universal reagents can 
be used, such as vanillin dissolved in ethanol (6 g in 250 mL) 
with sulfuric acid (2.5 mL), or ceric sulfate (15 % aqueous sul-
furic acid saturated with ceric sulfate). Caution: All solutions 
must be prepared in an ice bath since the reactions are exo-
thermic and can cause overheating.

 9. The distance that a compound travels up a TLC plate is called 
the retardation factor (Rf) and can be calculated dividing the 
distance of the center of the spot from the baseline by the dis-
tance of solvent front from baseline.

 10. Since the Rf value of a compound is not very accurate, the best 
way to compare compounds by TLC is by running them on 
the same TLC plate. The inclusion of a pure compound on the 

Isolation of Sesquiterpenes from Laurencia
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TLC plate applied over the investigated sample (co-spot) helps 
to identify the compound in the sample.

 11. If any solid is observed in the solution, it should be removed 
before by filtering it using a Pasteur pipette plugged with cot-
ton and placed into the NMR tube.

 12. Avoid storing the sample with solvent in the NMR tube for 
long periods, even in the refrigerator. Some compounds are 
unstable in some organic solvents. Try to prepare and analyze 
the sample in the same day.

 13. Swirl the mixture to ensure that all trapped air is removed.
 14. Wash any silica residues into the column using more solvent.
 15. It is important to ensure that no air is trapped in the column. 

This will lead to the reduction of the chromatographic resolu-
tion. If you see any air bubbles in the silica body placed in the 
column, let a column volume of solvent percolate through the 
silica under gravity. Then, pressurize and flush the solvent 
until no air remains in the column.

 16. Be careful not to allow the solvent to drop below the level of the 
silica at any time during the elution as it will affect the chromato-
graphic resolution. To prevent this from happening, always leave 
a minimum volume of solvent above the silica (at least 2 cm from 
silica level in the column). If necessary, close the valve of the 
column during the elution and add more solvent.

 17. The amount of silica and solvents used should be proportion-
ally adjusted to the mass of crude extract used. This is also 
important during all other steps of the chromatography pro-
cesses where the initial amount of the sample is variable.

 18. Remove the solvent completely and mix the mixture with the 
assistance of a glass rod until obtaining a homogenous dry 
powder. The presence of dichloromethane in the powder can 
cause elution problems because it can drag more polar compo-
nents through the column.

 19. Before applying the dry mixture, reduce the solvent level to 
3–5 cm above the silica level in the column. After applying the 
mixture, elute the solvent slowly to ensure the complete incor-
poration of the sample in the silica (see also Note 16).

 20. Use the minimum amount of solvent to rinse off any remain-
ing sample from the flask, adding it gently to avoid disturbing 
the even distribution of the sample on the silica body.

 21. Add the solvent very carefully to the top of the column using 
a Pasteur pipette to drip the solvent onto the walls of the 
column.

 22. Add a sufficiently large amount of each solution to provide a 
safe volume of solvent over the silica before applying the pres-
sure necessary to give a fast solvent flow rate. Collect each 
fraction continuously.

Angélica Ribeiro Soares
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 23. To set up the chromatographic conditions, first run a series of 
TLCs to find the solvent system that will give a good separa-
tion of the components of the mixture under study. If two 
components of interest are running close together, a differ-
ence of Rf values around 0.2–0.3 between them will indicate a 
satisfactory solvent system. There are often irrelevant impuri-
ties that could be either very polar or very nonpolar; these can 
be largely ignored. The next step is the amount of silica to be 
used. Usually, if the component required is well separated 
from other components, a ratio of 20:1 (silica:sample) should 
be used. If the Rf difference between spots is less than 0.2, the 
separation may be improved by increasing the amount of silica 
according to the ratios shown in Fig. 3.

∆Rf

∆Rf

0.30 0.14 0.10 0.08

Approximate 
ratio silica (g)/

sample (g)
20:1 50:1 100:1 50:1

0.21 0.14 0.09

Approximate 
ratio silica (g)/ 
sample (g)

20:1 50:1 100:1 50:1

Gradient 

elution

Fig. 3 Illustrative guide of silica:sample ratios for flash chromatography. Spots marked with a star are not 
required products
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Chapter 15

The Use of HPLC for the Characterization  
of Phytoplankton Pigments

José L. Garrido and Suzanne Roy

Abstract

HPLC is still the technique of choice for the analysis and characterization of phytoplankton pigments. 
In this chapter we describe procedures for sample preparation and pigment extraction, and the use of octyl 
silica columns and pyridine-containing mobile phases to separate chlorophylls and carotenoids. The iden-
tification of pigments on the basis of their retention times and visible spectra, the preparation of pigment 
standards, and the quantitative analysis by either external or internal standard procedures are also described.

Key words Carotenoids, Chlorophylls, HPLC, Octyl silica, Photodiode array detector, Phytoplankton

1 Introduction

The analysis of photosynthetic pigments has become a source of 
essential information for studies of the physiology and ecology of 
marine microalgae. Examples of applications of detailed pigment 
information include the study of changes in natural plankton pop-
ulations (associated for example with climate change), the ground- 
truthing of satellite-derived algal biomass estimations, the 
photosynthetic responses to the changing aquatic light environ-
ment, or the trophic transfer from primary producers.

The photosynthetic pigments of algae belong to three chemi-
cal families: phycobiliproteins, carotenoids, and chlorophylls (Chls) 
[1]. Whereas phycobiliproteins are water soluble, carotenoids and 
Chls are lipid soluble. Most of the time, the term “phytoplankton 
pigment analysis” refers to the joint analysis of chlorophylls and 
carotenoids because both types of compounds occur in all photo-
synthetic algae, they are easily extracted into organic solvents, and 
they can be detected with high sensitivity in the visible range.

Chls and carotenoids are present in different algal taxa with 
variable degrees of specificity: some of them occur in several algal 
classes whereas others are restricted to one or only a few algal 
groups, making them unambiguous chemotaxonomic markers.
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Liquid chromatography is the method of choice for the analysis 
of algal Chls and carotenoids. The analysis of complex algal pig-
ment extracts, especially those derived from phytoplankton samples 
from natural waters, still constitutes a challenge for chromato-
graphic techniques. Algal Chls and carotenoids span a wide range 
of polarities in which some of them only differ by small structural 
features (in some cases, only the position of a double bond).

An excellent short course on phytoplankton pigments analysis 
is available on the Internet [2], but for those readers interested 
either in broad knowledge on pigment biology or in detailed infor-
mation on their analysis, a recent and comprehensive monograph 
is strongly recommended [3]. This book, together with the pre-
ceding one [4], covers most aspects in pigment characterization, 
chemotaxonomy, and applications in oceanography. The latest 
advances in chromatographic analysis of algal pigments have been 
recently reviewed [5]. In this chapter we describe a specific proto-
col for the analysis of algal pigments based on that proposed by 
[6]. Other protocols exist (e.g., the one developed by [7]) but 
here we describe the one we are most familiar with. The advantages 
and disadvantages of these and other alternative methods have 
been discussed elsewhere [1, 8].

2 Materials

 1. Sampling: Seawater is filtered on glass fiber filters (GF/F type, 
nominal pore size 0.7 μm). A regulated vacuum pump is 
needed (see Note 1).

 2. Pigment extraction solvent: Prepare extraction solvent by 
either mixing 9 vol of acetone with 1 vol of water or by mixing 
9.5 vol of methanol (MeOH) with 0.5 vol of water (see Note 2). 
Use graduate cylinders and HPLC-grade solvents.

 3. Extraction: Use Pyrex® screw cap glass tubes with polytetra-
fluoroethylene (PTFE)-lined caps. A centrifuge and a probe 
sonicator or an ultrasonic bath can be necessary, depending on 
the extraction procedure (see step 2 of Subheading 3.1 and 
Note 2). Use PTFE syringe filters with 0.22 μm pore size to 
clarify extracts before injection in the HPLC system.

 1. Pumps: A pumping system able to deliver at least binary gra-
dients is needed. This can be achieved either with a high-pres-
sure mixing system or with a four-solvent, low-pressure mixing 
gradient pump.

 2. Detection: A diode-array detector is essential for pigment char-
acterization, especially in natural water samples. Fluorescence 
detection (very sensitive and selective towards Chls) can be used 
in addition to diode array.

2.1 Sample 
Preparation

2.2 Chromato graphic 
Equipment

José L. Garrido and Suzanne Roy
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 3. Columns: Octylsilica (C8) stationary phases with particle size 
3.5 μm or less should be used, packed in columns of 
150 × 4.6 mm.

 1. Use HPLC-grade MeOH, acetonitrile (AcN), acetone, and 
water. Pyridine and acetic acid must be of reagent grade or 
better (see Note 2).

 2. 0.25 M pyridinium acetate (pH = 5.0) stock solution: Add 
10 mL of acetic acid and 20 mL of pyridine to 900 mL of 
HPLC-grade water in a 1 L beaker, mixing with a magnetic 
stirrer. Continuously monitor pH with a pH meter. Add acetic 
acid dropwise until pH value is 5.0. Transfer the mixture to a 
1 L volumetric flask and adjust volume (the final pyridine con-
centration is 0.248 M).

 3. 0.025 M pyridinium acetate working solution: Dilute ten 
times the stock solution with HPLC-grade water. Filter this 
solution through a 0.45 μm filter before use (see Note 3).

 1. Commercial pigment standards: Pigments can be obtained 
from several companies, including Carotenature, Chromadex, 
DHI Lab Products, Frontier Scientific Inc., Sigma-Aldrich, 
and VWR. DHI Lab Products (Hørsholm, Denmark) offers 
solutions of typical marine algae pigments that can be used 
directly for HPLC calibration. Standards can also be isolated 
from reference algal cultures.

 2. Reference algal cultures: If you wish to isolate pigment stan-
dards from algal cultures, recommendations have been made 
for phytoplankton unialgal cultures of known pigment com-
position [9]. Extracts from these cultures can also serve to fix 
retention times and online spectra of their characteristic 
pigments.

 3. Isolation of pigment standards: Longer columns with larger 
size C8 particles (5 μm) can be used in the preparative work for 
the isolation and purification of pigment standards. 
Octadecylsilica (C18) solid-phase extraction cartridges (for 
example Waters SeP- Pak, Waters, Milford, MA, USA) are used 
for concentration. A source of dry N2 gas is needed.

 4. Internal standard (if calibration with an internal standard is 
used see Subheading 3.5 below): Trans-ß-apo-8′-carotenal 
(Sigma Chemical Company, St. Louis, MO, USA). Other 
internal standards (such as vitamin E acetate) are available.

 5. Quantification: A UV-Vis spectrophotometer is needed to 
determine the concentration of pigment solutions. Optical 
glass cuvettes with tight PTFE stoppers should be used to 
avoid solvent evaporation.

2.3 Solvents

2.4 Pigment 
Standards

Pigment characterisation by HPLc
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3 Methods

 1. Sampling: Filter seawater or algal culture samples onto glass 
fiber filters making sure that vacuum is not higher than 
200 mm Hg (see Note 5). Deep freeze the filters immediately 
and keep them frozen until extraction (see Note 6).

 2. Pigment extraction: Place frozen filters from algal cultures or 
natural samples in PTFE-lined screw-capped tubes, and then 
add the extraction solvent (acetone:water 9:1, v/v, or 
MeOH:water 9.5:0.5; see Note 2) to each tube: at least 5 mL 
if 47 mm diameter filters were used to collect the plankton 
sample, a minimum of 3 mL for 25 mm filters, or not less than 
1.5 mL for 13 mm filters. If using an internal standard for cali-
bration (see Subheading 3.5 below), add it at this point. Grind 
the filter using a stainless steel spatula. Place the tube in an 
ultrasonic bath with ice and water for 5 min. Centrifuge for 
5 min at 3,500 × g (this step can be omitted, see Note 2). 
Alternatively, use an ultrasonic probe to disrupt the filter and 
break the retained cells: put the probe (set at 50 W) inside the 
solvent and move it up and down for 60 s while keeping the 
tube in a beaker with ice to prevent heating. Centrifuge for 
5 min at 3,500 × g (see Note 2). Whichever procedure is used, 
filter extracts through a 0.22 μm PTFE syringe filter before 
injecting them into the HPLC system.

 1. Injection: Mix aliquots of pigment extracts with water (one 
volume of 90 % aqueous acetone extract with 0.4 vol of water 
or 1 vol of 95 % aqueous MeOH extract with 0.2 vol of water 
(see Note 7)) to avoid shape distortion of earlier eluting peaks 
[10] and inject the sample immediately (see Note 7). If a pro-
grammable autosampler is available, program it to perform 
water mixing, preferably in the sample loop. In this case, water 
addition can be divided into 2 vol, to be loaded in the loop 
before and after the sample extract (see Note 7).

 2. Elution: If a high-pressure mixing system is employed, mix 
solvents in a graduate cylinder to prepare two mobile phases, 
as follows: for eluent A mix MeOH:AcN:0.025 M aqueous 
 pyridinium acetate (pH 5.0) (50:25:25; v/v/v). Eluent B is 
composed of MeOH:AcN:acetone (20:60:20; v/v/v). Filter 
both eluents through a 0.45 μm filter before use. Set flow rate 
at 1 mL/min. Program the gradient profile according to 
Table 1.

 3. If a quaternary low-pressure mixing system is available there is 
no need to prepare mixed eluents. Place each solvent in an elu-
ent line. Set flow rate at 1 mL/min. Program the gradient 
profile according to Table 2 (see Note 8).

3.1 Sample 
Preparation  
(See Note 4)

3.2 Chromatography

José L. Garrido and Suzanne Roy
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 4. Detection: Program the diode array detector to get a full visi-
ble spectrum (at least from 400 to 700 nm) at each chromato-
graphic point. Monitor the chromatogram at a wavelength 
that allows general detection of Chls and carotenoids  
(435–440 nm). Chromatograms at different wavelengths can 
also be obtained, allowing either a general or a selective detection 
(see Subheading 3.4). Many systems can provide a chromato-
graphic trace summing the response at several wavelengths, 
which increases the sensitivity but reduces the selectivity of the 
detection. If fluorescent detection is employed, use broad 
excitation and emission bandwidths to increase sensitivity and 
detection of all Chl derivatives.

Table 1 
Gradient profile for binary chromatographic systems

Time (min)

% A % B

MeOH: AcN: 25 mM aq.  
pyridinium acetate (pH 5) MeOH:AcN:acetone

(50:25:25 v/v/v) (20:60:20 v/v/v)

0 100 0

22 60 40

28 5 95

38 5 95

40 100 0

Table 2 
Gradient profile for quaternary chromatographic systems

Time  
(min) % MeOH % AcN

% 25 mM  
aq. pyridinium  
acetate (pH 5) % acetone

0 50.0 25.0 25.0 0.0

22 38.0 39.0 15.0 8.0

28 21.4 58.3 1.3 19.0

38 21.4 58.3 1.3 19.0

40 50.0 25.0 25.0 0.0

Pigment characterisation by HPLc
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Preparation of standards: Wet SPE cartridge with 5 mL acetone 
and then 5 mL of a water:acetone mixture (7:3, v/v). Collect pig-
ment fractions from preparative separation after passing HPLC 
detector. Immediately before processing, dilute fractions by adding 
half their volume of water, and then pass through the cartridge. 
Observe the formation of a colored zone in the cartridge. If the 
pigment passes through, add more water to the eluate and pass it 
again through the cartridge (see Note 9). Eliminate excess solvent 
by blowing the cartridge with N2 until completely dry. Then quickly 
elute the pigment with acetone (or any other adequate solvent in 
which extinction coefficients are available [11]) (see Note 10).

 1. Characterization of standards: Check the purity of each stan-
dard by injecting an aliquot in the HPLC system. If more than 
one peak appears or if the spectrum is not homogeneous at 
different times of peak elution (see Note 11), a further purifi-
cation step with a different chromatographic system is needed 
(see Note 12).

 1. Identify pigments by:
 (a) Their retention behavior: Compare pigment retention 

times with those of standards (or pigment profiles of stan-
dard cultures)—see Fig. 1. Considering that the same 
retention time can be shared by several pigments if they 
co-elute in the same peak (see Note 11) further identifica-
tion criteria are needed.

 (b) Their visible spectrum: Compare the spectrum of each 
peak in the sample with that of the corresponding pig-
ment standard eluting at the same retention time. Examine 
the full visible spectrum in different sections of each peak, 
for its characterization in terms of pigment identity and 
peak purity (see Note 13).

For comparison purposes, reference retention times and spec-
tral data are available [1–4, 6, 7, 11–13]. Selective detection can be 
achieved by extracting chromatograms at selected wavelengths 
(e.g., 435, 470, and 665 nm [1]) (see Note 14).

 1. Prepare a primary standard solution of each pigment in a sol-
vent in which extinction coefficients are available (usually ace-
tone or ethanol [11]). Determine the concentration 
spectrophotometrically (absorbance reading at the coefficient 
wavelength should be between 0.1 and 0.8 absorbance units), 
taking care of keeping tubes or volumetric flasks and spectro-
photometer cuvettes tightly stopped between transfers to min-
imize solvent evaporation.

 2. System calibration, external standard method [14]: Prepare a 
“concentrated pigment mixture” by carefully mixing known 

3.3 Pigment 
Standards

3.4 Pigment 
Identification

3.5 Quantitative 
Analysis

José L. Garrido and Suzanne Roy
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Fig. 1 High-performance liquid chromatogram of pigments from marine phytoplankton (mixed pigment stan-
dard from DHI + monovinyl (MV) Chlc3 + Chl c1), obtained with the method of [6] monitored at 435 nm (upper 
trace), 470 nm (middle trace), and 665 nm (lower trace). Peak identification: 1, Chl c3; 2, MV-Chl c3; 3, chloro-
phyllide a; 4, Mg-2,4-divinylpheopropyrin a5 monomethyl ester (Mg-DVP); 5, Chl c2; 6, Chl c1; 7, peridinin; 8, 
peridinin-like unknown carotenoid; 9, 19′-butanoyloxyfucoxanthin; 10, fucoxanthin; 11, neoxanthin; 12, pra-
sinoxanthin; 13, violaxanthin; 14, 19′-hexanoyloxyfucoxanthin; 15, diadinoxanthin; 16, antheraxanthin; 17, 
diatoxanthin; 18, alloxanthin; 19, zeaxanthin; 20, lutein; 21, divinyl (DV)-Chl b + Chl b; 22, DV-Chl b epimer; 23, 
MGDG-Chl c2; 24, DV-Chl a; 25, Chl a; 26, Chl a epimer; 27, ß, ɛ-carotene; 28, ß,ß-carotene
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volumes of primary standards (concentration approx. 2.5 μg/
mL) and adjusting to a known volume with acetone:water 
(9:1, v/v). Then, prepare a series of at least six working solu-
tions by diluting different volumes of the “concentrated pig-
ment mixture” to the same final volume with acetone:water 
(9:1, v/v). These solutions should be prepared in different 
ranges of concentrations, depending on the expected concen-
tration of pigments in the samples. Hence, different ranges of 
concentrations will be necessary for oligotrophic or eutrophic 
waters [15]. Inject each working solution into the HPLC sys-
tem in triplicate (water must be added to each working stan-
dard just prior to injection, as for samples—see step 1 of 
Subheading 3.2). Derive a response factor for each pigment 
(fp) as the inverse of the slope of the regression line of peak area 
(Ap) against the weight (ng) of pigment injected (wp) [16].

 3. System calibration, internal standard method [14]: Operate as 
described above, but incorporate the same amount of an inter-
nal standard primary solution to each working solution (with 
growing concentrations of pigments to be analyzed in the 
series, while the internal standard concentration remains con-
stant). Recommended internal standard concentration in each 
working solution should be in the middle of the range covered 
by the other pigments. Inject as described above. For each pig-
ment standard, the relative response factor (fp

is) can be calcu-
lated as the inverse of the slope of the regression of the ratio of 
areas of the pigment and internal standard (Ap/Ais) against the 
ratio of their corresponding weights in the injection (wp/wis).

 4. Determining the concentration of pigments in the samples 
with the external standard method [14]: Use the external 
standardization equation to calculate Cp, the concentration of 
a pigment in seawater (ng/L), from its peak area (Ap), and 
response factor (fp):

 
Cp

A f v

v v B
=

× × ×

× ×
p p ext

inj filt

103

 
where vext, vinj, and vfilt denote the volumes of extract (mL), 
injected sample (μL), and filtered seawater sample (L). B is the 
dilution factor (<1.0), calculated as the ratio of the extract vol-
ume and the sum of extract and water added prior to injection.

 5. Calculating the concentration of pigments in the samples with 
the internal standard method [14]:

 
Cp

A w f

A v
=

× ×

×
p is p

is

is filt  
where Ap is the peak area, wis denotes the mass (ng) of internal 
standard added to the sample, and vfilt is the volume of filtered 
seawater sample (L) (see Note 15).
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4 Notes

 1. Filters with different nominal pore size (GF/D, GF/C) can be 
used to collect cells of different sizes. Fractionated samples can 
be achieved employing sequentially several of these filters. On 
the other hand, polycarbonate filters are commonly used in 
oceanography to size-fractionate phytoplankton. These filters 
can either be used directly to extract pigments (only if MeOH 
is used as extraction solvent (see Note 2), due to the limited 
chemical resistance of polycarbonate to other solvents, or they 
can be used to pre-filter a water sample which is then filtered 
on GF/F, providing information on the smaller size categories 
of phytoplankton (see ref. 17 for a recent update on filtration, 
storage, and extraction).

 2. Different solvents have been used to extract pigments from 
algal cells retained on the filter (see ref. 17). 90 % aqueous ace-
tone is still the most commonly used solvent, but aqueous 
95 % MeOH (see ref. 6) is also being used with good results 
[18]. As methanolic extracts have been claimed to promote 
Chl allomerization upon prolonged storage [17], samples 
should be immediately injected after extraction. Sparging the 
sample vial with an inert gas to displace air can help reduce 
pigment alteration when samples have to stand in a refriger-
ated autosampler for several hours [18]. Dimethylformamide, 
alone or in combination with other solvents, has also been 
used with very good extraction efficiency, but many laborato-
ries are reluctant to use this solvent because of its toxicity [17]. 
If the filters are extracted by grinding with a spatula followed 
by placing them in an ultrasonic bath, filter debris may still 
contain rather large fibers and centrifugation can be omitted as 
most debris will not pass the luer tip of the syringe barrel, thus 
not clogging the filter. When a sonifier probe is used to disrupt 
the filter, a slurry is produced so that centrifugation or prefil-
tration is necessary before a final filtration onto 0.22 μm filters. 
Filter disruption can be done directly in the syringe [2, 4].

 3. The original method [6] used 0.25 M pyridine solution in the 
eluents, but further work showed that the same chromato-
graphic performance can be achieved with 0.025 M. The stock 
solution is stable at ambient temperature for months. The 
working solution tends to contaminate (fungal growth has 
been observed). Prepare it fresh each 2 or 3 days. Purge the 
chromatographic tubing with MeOH when not in use. If the 
working solution is not to be used for several days, keep it 
refrigerated and refilter before the next use.

 4. Photosynthetic pigments are sensitive towards light, oxygen, 
heat, acids, and alkalis. All operations should be done under 
dim light (a secure green light can be used) and keeping rea-
sonable laboratory temperature. Perform all solvent-handling 

Pigment characterisation by HPLc
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operations in a fume hood. Wear appropriate gloves and  
protective glasses.

 5. Highly concentrated samples (cultures, field samples from 
estuarine or coastal waters) can result in filter clogging. 
Prolonged filtration with (partially) clogged filters can pro-
mote mechanical disruption of algal cells. Filtration times (or 
volumes) must be adjusted in a compromise between extract 
concentration and sample integrity, but should not be more 
than 20 min.

 6. Immediate freezing is best achieved with liquid nitrogen (dry 
shippers are convenient for this), but quick storage in a −80 °C 
freezer normally suffices. Both are adequate for long-term con-
servation of the samples. Dry ice can be an alternative for quick 
freezing and short-term storage, but avoid contact of the filters 
with vapors from dry ice (they can acidify pigments).

 7. Mixing with water is necessary to match injection solvent vis-
cosity to that of eluent, thus avoiding peak shape distortion for 
less retained pigments due to “viscous fingering” phenomena 
[19]. Losses of low-polarity pigments can occur due to their 
limited solubility in aqueous solvents [20]. Mixing in the injec-
tion loop minimizes these losses as any insoluble pigment will 
be recovered as solvent polarity decreases with the development 
of the gradient. MeOH:water mixtures show higher viscosities 
than acetone:water ones, so that the step of water addition can 
be omitted when MeOH:water (95:5, v/v) is used as extraction 
solvent and injection volumes do not exceed 100 μL.

 8. When using gradients with high- or low-pressure mixing sys-
tems, some differences in retention times can be observed that 
are caused by the different “dwell volume” (the volume 
between the point of mixing and the column) in the two sys-
tems (in gradient elution, the actual composition in the 
 gradient program is delayed in reaching the column, because 
it has to pass through the dwell volume). Retention times will 
be higher on low-pressure systems that normally have larger 
dwell volumes. In consequence, changes in gradient profiles 
and/or eluent composition can be necessary to adjust reten-
tion and resolution with different HPLC systems [6].

 9. The amount of water used to achieve the retention of pigment 
fractions in the solid-phase extraction cartridge can vary 
depending on the compound and the composition of the sol-
vent in which it is eluted from the preparative fraction. In some 
cases excess water causes the pigment to pass unretained 
through the cartridge due to the formation of micelles. If this is 
observed, a reduction in water content can promote retention.

 10. This procedure can also be used for the preparative isolation of 
unknown pigments for further characterization by structural 
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techniques (mass spectrometry, nuclear magnetic resonance), 
but the co-occurrence of non-absorbing lipids usually requires 
additional purification.

 11. Check homogeneity of spectrum at least at mid-upslope, top, 
and mid-downslope of each peak.

 12. Different elution can be achieved by changing the stationary 
phase. Polymeric octadecylsilica columns (e.g., Vydac TP, The 
Separations Group, Hesperia, California, USA) can be used 
for this purpose [8].

 13. Spectral checking in different regions of the peak does not 
always ensure peak purity. This can be the case if the impurity 
appears at very low concentration, if the spectrum of the 
impurity is very similar to that of the main pigment in the peak 
or if a total coelution (identical retention profile) occurs.

 14. At 435 nm most pigments are detected, except pheophytin a, 
pheophorbide a, and their derivatives; 470 nm excludes Chl a 
derivatives from the chromatogram; and 665 nm detects only 
Chl a, pheophytin a, pheophorbide a, and their derivatives.

 15. Extraction and injection volumes are not included in the 
equation.
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Chapter 16

Characterization of Phlorotannins from Brown Algae 
by LC-HRMS

Jeremy E. Melanson and Shawna L. MacKinnon

Abstract

Phlorotannins are a class of polyphenols found in brown seaweeds that have significant potential for use as 
therapeutics, owing to their wide range of bioactivities. Molecular characterization of phlorotannin- 
enriched extracts is challenging due to the extreme sample complexity and the wide range of molecular 
weights observed. Herein, we describe a method for characterizing phlorotannins employing ultrahigh- 
pressure liquid chromatography (UHPLC) operating in hydrophilic interaction liquid chromatography 
(HILIC) mode combined with high-resolution mass spectrometry (HRMS).

Key words Brown seaweed, High-resolution mass spectrometry, Hydrophilic interaction liquid  
chromatography, Phlorotannins, Polyphenols

1 Introduction

Phlorotannins are a class of polyphenols formed by the oligomer-
ization of 1,3,5-trihydroxybenzene, which is also known as phloro-
glucinol. Phlorotannins are found exclusively in brown macroalgae 
(seaweeds), which produce them as a defense mechanism in response 
to environmental stress. The molecular weight (MW) of these com-
pounds can span as high as 100 kDa [1], and brown macroalgae can 
contain phlorotannins at levels ranging from 0.5 to 20 % of their 
dry weight [2]. However, phlorotannin levels in brown algae can 
vary with habitat, time of harvest, light intensity exposure, and 
nutrient availability in the surrounding waters [2–4].

In recent years, phlorotannins have been associated with 
numerous bioactivities [5–12], including antioxidant [12], antifun-
gal [6], and anti-inflammatory activities [13]. Despite the potential 
of phlorotannins for use as natural health products, efforts in prod-
uct development have likely been hindered by the lack of suitable 
analytical methods required for the characterization of extracts. 
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In many cases phlorotannins are analyzed as total  phenolics, where 
the total contents of phenolic compounds are measured by colori-
metric assays such as the Folin–Ciocalteu (FC), the Folin-Denis 
reagent, and 2,4-dimethoxybenzaldehyde (DMBA) [1, 14]. While 
these tests are reliable and simple to employ, they provide little 
information on the chemical composition of the phlorotannins, 
and this information is vital for the standardization and quality con-
trol of any potential commercial products. Therefore, instrumental 
methods capable of characterizing complex phlorotannin extracts 
would be particularly valuable.

Analytical methods for phlorotannins based on liquid chroma-
tography (LC) have been reported [1, 15–17], but peak identifica-
tion is a significant challenge as phlorotannin standards are 
generally not available. As a result, methods for phlorotannins tak-
ing advantage of the added specificity offered by liquid chromatog-
raphy—mass spectrometry (LC-MS) have been recently described 
[18–21]. In particular, high-resolution mass spectrometry (HRMS) 
methods capable of obtaining high mass accuracy across a broad 
mass range are particularly attractive for complex phlorotannin 
extracts [18, 19]. Mass spectral data can be acquired over a broad 
mass range and accurate mass measurements by HRMS can be 
used to directly assign elemental compositions of novel structures. 
In addition, as HRMS data are collected in a non-targeted fashion, 
it allows for retrospective analysis of archived data for compounds 
of interest that may arise in the future.

The method described below employs HRMS in conjunction 
with ultrahigh-pressure liquid chromatography (UHPLC) for the 
characterization of phlorotannins in brown algae [18]. The method 
is optimized for low molecular weight phlorotannins and employs 
hydrophilic interaction liquid chromatography (HILIC). As instru-
mental settings are not tuned for individual phlorotannins in 
HRMS, the method is straightforward and relatively simple to 
implement. However, HRMS methods typically require sufficient 
post-acquisition data processing and analysis, and this component 
of the method is described in detail below.

2 Materials and Instrumentation

 1. Deionized water obtained from a Milli-Q® Advantage A10 
Water Purification System or equivalent (prepared by purify-
ing distilled water to attain a resistance of 18 MΩ at 25 °C 
with a TOC of <5 ppb).

 2. High purity grade methanol, HPLC grade acetonitrile and 
dichloromethane.

2.1 Solvents

Jeremy E. Melanson and Shawna L. MacKinnon
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 1. Fitz®Mill grinder (South Plainfield, NJ) or equivalent equipped 
with a 40-mesh size.

 2. 80 % methanol in deionized water (v/v).
 3. Büchner funnel and glass fiber filters (Whatman 934-AH, 

42.5 mm).
 4. Nitrogen flow or Genevac® EZ-2 solvent evaporator.
 5. Fractionation of seaweed extracts: C18 Sep-Pak (6 cc, 500 mg, 

Waters) solid phase extraction cartridge.
 6. Filtration of extract fractions prior to HILIC-HRMS analysis: 

Ultrafree®-MC centrifugal filters with Durapore PVDF mem-
branes (0.45 μm pore size, Millipore).

 1. Thermo Scientific Accela UHPLC equipped with a quaternary 
pump and autosampler, coupled to a Thermo Scientific 
Exactive™ bench top mass spectrometer with Orbitrap™ tech-
nology, equipped with the optional Heated Electrospray 
Ionization (HESI) probe (see Note 1). Xcalibur 2.1 software 
was used for instrument control and data acquisition.

 2. Waters UPLC® BEH Amide column (100 × 2.1 mm; 1.7 μm).
 3. Mobile phase A: 10 mM ammonium acetate at pH 9.0, pre-

pared by dissolving 0.77 g of ammonium acetate in approxi-
mately 900 mL of deionized water, adjusting to pH 9.0 with a 
concentrated ammonium hydroxide solution, then diluting to 
1 L with deionized water.

 4. Mobile phase B: acetonitrile.
 5. MS calibration solution provided by the manufacturer: 

10 pmol/μL sodium dodecyl sulfate (SDS), 10 pmol/μL 
sodium taurocholate, 0.001 % Ultramark 1621, and 0.01 % 
acetic acid in 50:25:25 acetonitrile–methanol–water.

3 Methods

 1. Collect brown seaweeds and transport them to the lab in a 
cooler containing ice. Clean them of contaminants and rinse 
them with seawater before being frozen and stored at −20 °C.

 2. Freeze-dry frozen seaweed samples until the seaweed is brittle.
 3. Grind the seaweed to a fine powder using a Fitz®Mill grinder 

or equivalent equipped with a size 40 mesh.
 4. Weigh out 2 g of dried seaweed powder into a 50 mL beaker 

and add 25 mL of 80 % methanol. Stir the mixture for 30 min 
using a magnetic stirring bar. Allow the mixture to settle for 
10 min without stirring. Decant the extractant using a glass 
pipette. Repeat this extraction process three more times using 
10 mL of 80 % methanol.

2.2 Extraction  
and Sample 
Preparation 
Components

2.3 HILIC-HRMS 
Components

3.1 Preparation 
of Extract from Brown 
Seaweeds

LC-HRMS of Phlorotannins
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 5. Filter the combined extract solutions using the Büchner fun-
nel equipped with a glass fiber filter.

 6. Evaporate the methanol under a nitrogen flow or using a 
Genevac® EZ-2 solvent evaporator or equivalent operated at 
or below 35 °C. Prepare triplicate extracts of each seaweed 
sample.

 7. Transfer resulting aqueous filtrates into 20 mL glass scintilla-
tion vials. Partition the aqueous filtrate by adding 1 volume of 
dichloromethane to the vial. Mix by drawing solution up and 
down in a glass Pasteur pipette 15–20 times. Screw the top on 
each vial and let sit for 10 min to allow for phase separation.

 8. Remove the bottom dichloromethane layer using a glass 
Pasteur pipette. Repeat partitioning procedure three more 
times using dichloromethane. Discard the lipid containing 
dichloromethane layer each time.

 9. Pipette the partitioned aqueous layer into a pre-weighed 
20 mL scintillation vial and evaporated any residual dichloro-
methane under a stream of nitrogen or using a Genevac® EZ-2 
solvent evaporator or equivalent operated at or below 35 °C.

 10. Freeze-dry the resulting aqueous layer to dryness. Record the 
weight of the vial and determine the weight of the resulting 
polyphenolic containing extract. Flush the vial with nitrogen 
and store the extract at −80 °C.

 1. Precondition a 6 cc, 500 mg Waters Sep-Pak column cartridge 
with 12 mL of methanol followed by 18 mL of deionized 
water (see Note 2).

 2. Dissolve the extract prepared in Subheading 3.1 in deionized 
water at a concentration of 50–150 mg/mL and sonicate for 
10 min if aid in dissolution is required.

 3. Using a glass Pasteur pipette, load the resulting sample on to 
the preconditioned column cartridge. Rinse the sample vial 
with 1–2 mL of high purity water and add to the column.

 4. Elute the column cartridge with deionized water so that the 
total water volume added to the column is equal to 
20 mL. Collect the resulting eluent, which contains salts and 
carbohydrates. Do not let the column cartridge run dry.

 5. To obtain the phlorotannin enriched fraction, elute the col-
umn cartridge next with 30 mL of methanol and collect the 
eluent in a pre-weighed vial.

 6. Evaporate the methanol from this fraction under a stream of 
nitrogen or using a Genevac® EZ-2 solvent evaporator or 
equivalent operated at or below 35 °C.

 7. Freeze-dry the resulting aqueous fraction, obtain weight of 
fraction, purge the vial with nitrogen and store sealed extract 
at −80 °C until further analysis.

3.2 Preparation 
of Phlorotannin- 
Enriched Fraction

Jeremy E. Melanson and Shawna L. MacKinnon
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 8. To prepare the phlorotannin-enriched fraction for HILIC- 
HRMS analysis, dissolve fraction in 75 % acetonitrile /25 % 
methanol at a concentration of 1–3 mg/mL and filter using an 
Ultrafree®-MC centrifugal filter (see Note 3).

 1. Calibrate the mass spectrometer daily using the automated 
function for optimal sensitivity and mass accuracy according 
the manufacturer’s recommended procedure (see Note 4) by 
infusing the calibration solution at a rate of 5 μL/min with a 
syringe pump and using a tune page optimized for this low 
flow rate and adjusting the HESI probe depth to position “B”.

 2. Create an appropriate tune page for efficient desolvation and 
ionization (see Note 5) at the LC flow rate of 400 μL/min 
using settings such as the following: spray voltage −2.7 kV, 
heater temperature 300 °C, capillary temperature 350 °C, 
sheath gas 55 psi, aux gas 18 (arbitrary units), sweep gas 0 
(arbitrary units), capillary voltage −60 V, and tube lens voltage 
−125 V. Adjust the HESI probe depth to position “D”.

 3. Create an acquisition method within Xcalibur software for the 
both the LC and MS control, specifying the correct tune page 
created in step 2. The MS method should consist of a scan wide 
enough to ensure detection of all phlorotannins, such as m/z 
150–2,000, using the “ultra-high” resolution setting (100,000, 
1 Hz; see Note 6), and operating in negative ion mode. The LC 
program should include the flow rate of 400 μL/min, the col-
umn temperature of 30 °C, and the gradient consisting of an 
initial hold at 5 % mobile phase A for 1 min, followed by a linear 
gradient to 35 % A in 16 min, followed by re-equilibration for 
5 min at 5 % A, for a total run time of 22 min.

 4. After proper preconditioning of the LC column (see Note 7) 
at the initial mobile phase conditions, connect the column to 
the MS and adjust the low flow rate to 400 μL/min.

 5. Complete the sample table specifying the correct acquisition 
method from step 3 and using the appropriate injection vol-
ume, typically 3–10 μL, depending on sample concentration.

 6. Start the sequence (see Note 8).

 1. Following acquisition, the total ion current chromatogram 
(TICC) or base peak chromatogram (BPC) can be inspected 
for rapid visualization of the major low molecular weight phlo-
rotannins with a degree of polymerization (DP) ≤ 10, as shown 
in Fig. 1. Larger phlorotannins may also be present, but will 
not typically be observed in the TICC (see Note 9).

 2. As the TICC is only a simple representation that depicts 
the major sample components, masses corresponding to the 
individual phlorotannins must be extracted from the raw data 
and plotted as a function of retention time, resulting in an 

3.3 HILIC-HRMS 
Procedure

3.4 Data Processing

LC-HRMS of Phlorotannins
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extracted ion chromatogram (EIC). Depending on the mass 
accuracy and precision of the mass spectrometer, typically 
5–10 ppm mass windows centered at the monoisotopic mass 
of the ion will be sufficient. For instance, Fig. 1 (inset) shows 
the result of extracting m/z 745.10463 with a 10 ppm mass 
window, corresponding to phlorotannins with six phloroglu-
cinol units in Fucus vesiculosus. The various peaks at m/z 
745.10463 correspond to structural isomers at DP = 6, caused 
by the various bonding types of phlorotannins (see Note 10).

 3. Without knowledge of the phlorotannin profile of the extract, 
masses should be extracted over a wide range of phlorotannin 
DP. This can be accomplished manually in Xcalibur software, 
or in a software package designed for high-throughput auto-
mated screening such as Thermo’s ToxID software or equiva-
lent. ToxID requires only the elemental composition of the 
various phlorotannin species, while Xcalibur would require the 
exact monoisotopic masses of the ions observed. Observed 
masses to be screened can be calculated manually (see Note 11) 
or with the aid of Xcalibur software (or equivalent). Alternatively, 
Table 1 lists masses of observed ions for phlorotannins up to 
DP = 50, along with their elemental composition and molecu-
lar weight.

Fig. 1 TICC of a phlorotannin-enriched extract of Fucus vesiculosus. (inset) Extracted ion chromatogram of m/z 
745.10463, demonstrating the number of phlorotannin isomers derived from six phloroglucinol units. Peak 
numbers correspond to the number of phloroglucinol units and the letters correspond to different isomers of 
the same degree of polymerization. For situations where multiple peaks are co-eluting, the peak assignment 
is based on the most intense peak in the MS spectrum. Reproduced from ref. [18] with permission from Wiley

Jeremy E. Melanson and Shawna L. MacKinnon
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Table 1 
List of elemental compositions, monoisotopic masses, and calculated masses for phlorotannin ions 
detected in negative ion mode HRMS at each degree of polymerization (DP), with the ions highlighted 
in bold font representing the predominant charge state detected under the experimental conditions 
described

DP
Elemental 
composition

Monoisotopic 
mass (Da)

Masses of observed phlorotannin ions (m/z)

[M-H]− [M-2H]−2 [M-3H]−3 [M-4H]−4

1 C6H6O3 126.03169 125.02442 62.00857 41.00329

2 C12H10O6 250.04774 249.04046 124.01659 82.34197 61.50466

3 C18H14O9 374.06378 373.05650 186.02461 123.68065 92.50867

4 C24H18O12 498.07983 497.07255 248.03263 165.01933 123.51268

5 C30H22O15 622.09587 621.08859 310.04066 206.35801 154.51669

6 C36H26O18 746.11191 745.10463 372.04868 247.69669 185.52070

7 C42H30O21 870.12796 869.12068 434.05670 289.03537 216.52471

8 C48H34O24 994.14400 993.13672 496.06472 330.37405 247.52872

9 C54H38O27 1,118.16004 1,117.15276 558.07274 371.71274 278.53273

10 C60H42O30 1,242.17609 1,241.16881 620.08076 413.05142 309.53674

11 C66H46O33 1,366.19213 1,365.18485 682.08879 454.39010 340.54075

12 C72H50O36 1,490.20818 1,489.20090 744.09681 495.72878 371.54476

13 C78H54O39 1,614.22422 1,613.21694 806.10483 537.06746 402.54878

14 C84H58O42 1,738.24026 1,737.23298 868.11285 578.40614 433.55279

15 C90H62O45 1,862.25631 1,861.24903 930.12087 619.74482 464.55680

16 C96H66O48 1,986.27235 1,985.26507 992.12890 661.08350 495.56081

17 C102H70O51 2,110.28839 2,109.28112 1,054.13692 702.42219 526.56482

18 C108H74O54 2,234.30444 2,233.29716 1,116.14494 743.76087 557.56883

19 C114H78O57 2,358.32048 2,357.31320 1,178.15296 785.09955 588.57284

20 C120H82O60 2,482.33653 2,481.32925 1,240.16098 826.43823 619.57685

21 C126H86O63 2,606.35257 2,605.34529 1,302.16901 867.77691 650.58086

22 C132H90O66 2,730.36861 2,729.36133 1,364.17703 909.11559 681.58487

23 C138H94O69 2,854.38466 2,853.37738 1,426.18505 950.45427 712.58889

24 C144H98O72 2,978.40070 2,977.39342 1,488.19307 991.79295 743.59290

25 C150H102O75 3,102.41675 3,101.40947 1,550.20109 1,033.13164 774.59691

26 C156H106O78 3,226.43279 3,225.42551 1,612.20912 1,074.47032 805.60092

27 C162H110O81 3,350.44883 3,349.44155 1,674.21714 1,115.80900 836.60493

28 C168H114O84 3,474.46488 3,473.45760 1,736.22516 1,157.14768 867.60894

(continued)

LC-HRMS of Phlorotannins



260

 4. While it might appear that the larger phlorotannins would 
exceed the mass range of the mass spectrometer, larger phloro-
tannins can be detected as they appear as multiply charged ions 
under electrospray ionization conditions, gaining one negative 
charge for every ionized hydroxyl group (loss of H). With 
increasing phlorotannin size, there is greater probability of 
multiple charge sites. This is depicted in Table 1, with the ions 
highlighted in bold font representing the predominant charge 
state detected at each DP. For instance, [M-H]−2 ions were the 
predominant ions observed from DP 14–24 (see Note 12).

Table 1
(continued)

DP
Elemental 
composition

Monoisotopic 
mass (Da)

Masses of observed phlorotannin ions (m/z)

[M-H]− [M-2H]−2 [M-3H]−3 [M-4H]−4

29 C174H118O87 3,598.48092 3,597.47364 1,798.23318 1,198.48636 898.61295

30 C180H122O90 3,722.49696 3,721.48968 1,860.24120 1,239.82504 929.61696

31 C186H126O93 3,846.51301 3,845.50573 1,922.24922 1,281.16372 960.62097

32 C192H130O96 3,970.52905 3,969.52177 1,984.25725 1,322.50240 991.62498

33 C198H134O99 4,094.54510 4,093.53782 2,046.26527 1,363.84109 1,022.62899

34 C204H138O102 4,218.56114 4,217.55386 2,108.27329 1,405.17977 1,053.63301

35 C210H142O105 4,342.57718 4,341.56990 2,170.28131 1,446.51845 1,084.63702

36 C216H146O108 4,466.59323 4,465.58595 2,232.28933 1,487.85713 1,115.64103

37 C222H150O111 4,590.60927 4,589.60199 2,294.29736 1,529.19581 1,146.64504

38 C228H154O114 4,714.62531 4,713.61804 2,356.30538 1,570.53449 1,177.64905

39 C234H158O117 4,838.64136 4,837.63408 2,418.31340 1,611.87317 1,208.65306

40 C240H162O120 4,962.65740 4,961.65012 2,480.32142 1,653.21185 1,239.65707

41 C246H166O123 5,086.67345 5,085.66617 2,542.32944 1,694.55054 1,270.66108

42 C252H170O126 5,210.68949 5,209.68221 2,604.33747 1,735.88922 1,301.66509

43 C258H174O129 5,334.70553 5,333.69825 2,666.34549 1,777.22790 1,332.66910

44 C264H178O132 5,458.72158 5,457.71430 2,728.35351 1,818.56658 1,363.67312

45 C270H182O135 5,582.73762 5,581.73034 2,790.36153 1,859.90526 1,394.67713

46 C276H186O138 5,706.75366 5,705.74639 2,852.36955 1,901.24394 1,425.68114

47 C282H190O141 5,830.76971 5,829.76243 2,914.37758 1,942.58262 1,456.68515

48 C288H194O144 5,954.78575 5,953.77847 2,976.38560 1,983.92130 1,487.68916

49 C294H198O147 6,078.80180 6,077.79452 3,038.39362 2,025.25999 1,518.69317

50 C300H202O150 6,202.81784 6,201.81056 3,100.40164 2,066.59867 1,549.69718

Jeremy E. Melanson and Shawna L. MacKinnon
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 5. Once the raw data are screened against the target list of  
phlorotannins, the resulting EIC (Fig. 1 inset) can be inspected 
manually to confirm the presence/absence of individual phlo-
rotannins and to obtain peak areas suitable for relative or 
semi-quantitation.

 6. Mass errors can be calculated to ensure confidence in results 
by confirming masses are detected within the instrumental 
specification. Typically reported in parts-per-million (ppm), 
the mass error (Δm) can be calculated by:

 
Dm exp calc calc= -( ){ }´m m m/ 106

 
where mexp is the mass measured experimentally (typically aver-
age m/z across chromatographic peak) and mcalc is the calcu-
lated monoisotopic exact mass (see Table 1). For instance, the 
DP = 6 ion was detected at m/z 745.10753 (Fig. 2a), so:

 
Dm ppm= -( ){ }´ =745 10753 745 10463 745 10463 10 3 96. . / . . .

This is within the mass accuracy tolerance of the Exactive mass 
spectrometer of ± 5 ppm (see Note 13) using external calibra-
tion. Specialized HRMS screening software programs such as 
ToxID will display all EICs, mass errors, and peak areas for 
easy viewing.

 7. Phlorotannin hits can then be further scrutinized as needed by 
referring back to the mass spectral data. The mass spectra can 
confirm phlorotannin identity by matching the experimental 
isotopic pattern with the theoretical model based on the pro-
posed elemental composition, using Xcalibur software  
(or equivalent; see Note 14). The isotopic pattern can also be 
used to confirm that the correct charge state was assigned, 
based on the peak spacing of the isotopes. For instance, Fig. 2b 
shows the mass spectrum for the phlorotannin of DP = 16. The 
isotopic pattern matches closely with the predicted pattern and 
the peak spacing of ~ 0.5 m/z is indicative of a −2 charge (see 
Note 15), thus confirming the structure of C96H66O48.

4 Notes

 1. This method could also be effectively implemented on alterna-
tive instrumentation. Any equivalent UHPLC system capable 
of handling sub-2-μm particle columns and pressures in excess 
of 1,000 bar would be sufficient. In addition, other HRMS 
instruments such as modern quadrupole/time-of-flight 
(QTOF) systems with resolving power of 20,000 FWHM or 
greater would be capable of resolving the isotopic patterns of 
the largest phlorotannins described in this method (DP = 50; 
C300H202O150).

LC-HRMS of Phlorotannins
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Fig. 2 Typical mass spectra of phlorotannins in Fucus vesiculosus: (a) C36H26O18, DP = 6, charge state = −1; (b) 
C96H66O48, DP = 16, charge state = −2; (c) C204H138O102, DP = 34, charge state = −3. Reproduced from ref. [18] 
with permission from Wiley
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 2. It is critical that this preconditioning is conducted to ensure 
that the column achieves the required separation.

 3. The phlorotannin enriched fractions can be verified to contain 
phlorotannins using proton NMR spectroscopy. To do this 
dissolve a portion of the phlorotannin enriched sample in 
methanol d4 NMR solvent and acquire a standard proton 
NMR spectrum. If phlorotannins are present, peaks should be 
observed between 6.2 and 7.5 ppm.

 4. While this method employs negative ionization mode only, 
performing the full calibration in both positive and negative 
modes is generally recommended.

 5. Tuning specifically for phlorotannins is challenging as stan-
dards are generally not available. We performed tuning and 
optimization with an extract of Fucus vesiculosus. As infusing 
with a syringe pump at low flow rate is not useful for simulat-
ing LC conditions, tuning is best accomplished with flow 
injection analysis with the column removed using a represen-
tative solvent composition (i.e., mid-point of gradient). We 
performed rough tuning while observing the complete distri-
bution of phlorotannins, and performed more fine tuning on 
an individual species such as the DP = 6 ion at m/z 745.10463.

 6. As chromatographic peaks are generally quite broad in 
HILIC, the maximum resolution setting and slowest acquisi-
tion rate (1 spectrum/s) was used in this case and provided a 
sufficient number of data points across chromatographic 
peaks. If an alternative mode of separation was employed 
yielding sharper chromatographic peaks, a more rapid scan 
rate (lower resolution) might need to be employed to provide 
sufficient data points.

 7. Condition the HILIC column according to manufacturer rec-
ommendations, typically beginning with an initial flush with 
60 % acetonitrile for 50 column volumes (~1 h), followed by 
the initial conditions of 5 % mobile phase A for 20 column 
volumes (~30 min). Keep in mind that re-equilibration of 
HILIC columns between gradient runs tend to be longer than 
with reversed phase columns, so longer times than those 
described above might be necessary to achieve reproducible 
retention times, depending on extract complexity and concen-
tration. Also, as HILIC columns tend to be less robust in gen-
eral than reversed phase columns, it is recommended that a 
new column be used for this application, and used exclusively 
for this method.

 8. Typically a blank run would be performed at the beginning, 
end, and in-between some injections if sample-carry over is 
observed or expected. A quality control sample, such as an in- 
house standardized extract, can be injected at specified inter-
vals throughout the sequence to ensure method performance. 
We used a well-characterized extract of Fucus vesiculosus.

LC-HRMS of Phlorotannins
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 9. This LC method is optimized for low molecular weight  
phlorotannins and larger phlorotannins (>1,200 Da) typically 
generate broad peaks that elute between 10 and 14 min, many 
of which co-elute, and will not appear in the TICC due to 
their lower abundance. As the degree of polymerization 
increases, the number of potential isomers would presumably 
increase due to the variety of branching and bonding types, 
and isomers for these larger phlorotannins are only partially 
resolved and appear as broad peaks.

 10. Increased retention time of phlorotannin isomers correlates 
with a greater number of free hydroxyl groups for the different 
phlorotannin bonding types, due to H-bonding with the 
amide stationary phase. According to ref. [16], we would 
expect retention times of compounds with the same degree of 
polymerization to increase as follows: phlorethols < fucophlor-
ethols < fucols, based on the number of free hydroxyl groups.

 11. Calculated exact masses (mcalc) can be derived according to:

 
m M z zcalc mono= - ´( ){ }1 00728. /

 
where Mmono is the monoisotopic mass of the intact phlorotan-
nin, |z| is the absolute value of the charge state of the ion, and 
1.00728 is based on the monoisotopic hydrogen mass cor-
rected for the mass due to the gain of an electron. For instance, 
the calculated exact mass for the [M-H]− ion of C36H26O18 
(DP = 6) is:

 
746 11191 1 1 00728 1 745 10463. . / . .- - ´( ){ } - =

 
 12. The major charge state observed for each DP shown in Table 1 

will be highly instrument-specific and will vary with experi-
mental conditions, so this should only be used as an approxi-
mate guide.

 13. In our experience, errors on negative ion mass measurements 
can exceed the instrument specification, especially for low- 
abundance ions such as some of the larger phlorotannins, so 
we tend to use an Δm threshold of ± 10 ppm. By contrast, if 
performing internal mass correction (i.e., lock-mass), then the 
threshold could be set as low as 2–3 ppm.

 14. Note that experienced users comfortable with modeling isoto-
pic patterns should consider screening for the M + 1 or even 
M + 2 isotope peak for larger phlorotannins to obtain optimal 
signal. For instance, the monoisotopic peak at m/z 
1405.18545 in Fig. 2c represents less than 40 % of the inten-
sity of the M + 2 peak at m/z 1405.85316. So screening for 
the M + 2 peak in this case would result in significantly higher 
signal. For simplicity, Table 1 lists only the monoisotopic ions 
as opposed to the most abundant isotopic peak.
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 15. As mass spectra display not mass, but mass-to-charge (m/z) 
ratio, peak spacing of the isotopic cluster is a convenient means 
to determine charge state. As shown in Fig. 2c, as the isotopic 
peak spacing is ~0.33 m/z, and isotopes will differ in mass by 
1 Da, we know this correspond to a −3 ion (z = 1/0.33). Note 
that since this method employs negative ion mode, only nega-
tive ions can be detected. So peak spacing of 1 m/z indicates 
z = −1, 0.5 m/z indicates z = 2, 0.33 m/z indicates z = 3, 
0.25 m/z indicates z = 4, 0.2 m/z indicates z = 5, etc.
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    Chapter 17   

 Analysis of Betaines from Marine Algae Using LC-MS-MS 

           Shawna     L.     MacKinnon      and     Cheryl     Craft   

    Abstract 

   Betaines are a class of quaternary ammonium compounds found in marine algae that can act as osmolytes 
and/or affect gene expression, and therefore improve plant tolerance to stresses such as temperature 
extremes, drought, and salinity when applied to agricultural crops. In humans, glycine betaine acts as a 
methyl donor and has been shown to protect internal organs, improve vascular risk factors, and enhance 
sport performance. Here we describe a sensitive LC-MS-MS method for the baseline separation and quan-
tifi cation of four betaines found in algae, namely, glycine betaine, δ-aminovaleric acid betaine, 
γ-aminobutyric acid betaine, and laminine.  

  Key words     Glycine betaine  ,   δ-aminovaleric acid betaine  ,   γ-aminobutyric acid betaine  ,   Laminine  , 
  LC-MS-MS analysis  ,   Macroalgae  

1      Introduction 

 Historically, brown seaweeds, such as  Ascophyllum nodosum , have 
been applied directly to the soil, either freshly harvested or as dried 
ground seaweed meal, primarily as a soil conditioner or source of 
organic matter [ 1 ]. More recently, aqueous and alkaline extracts 
prepared from a variety of commercially available seaweeds have 
been used in agriculture and horticulture systems as foliar sprays, 
soil drenches, or often a combination of both. The benefi cial effects 
of seaweed extract application on crop performance have been 
attributed to a variety of constituents, including betaines [ 2 ]. 
These naturally occurring quaternary ammonium compounds can 
act as osmolytes and/or affect gene expression, therefore improv-
ing plant tolerance to stresses such as temperature extremes, 
drought, and salinity [ 3 – 8 ]. 

 For over 50 years glycine betaine has been added to animal 
feeds as a nutritional supplement [ 9 ]. In the sports medicine arena 
glycine betaine has been found to enhance sport performance 
(ergogenics) by improving muscle endurance and increasing qual-
ity of repetitions performed [ 10 ]. The bioactivity of glycine  betaine 
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is associated with its ability to act as a methyl donor in the methionine 
cycle primarily in the human kidney and liver [ 9 ]. Other benefi cial 
effects on human health include helping to protect cells and organs 
from osmolytic stress and improving heart health by improving 
vascular risk factors [ 9 ]. 

 Over 13 betaine analogs have been identifi ed in Chlorophyta 
(green), Heterokontophyta (brown), and Rhodophyta (red) sea-
weeds using thin layer chromatography and NMR techniques [ 11 ]. 
The isolated yield of each betaine ranged from 0 to 2 % per algal 
dry weight with the lowest betaine levels being reported in the 
Phaeophyceae. Seaweed biomass and commercial extracts prepared 
from  Ascophyllym nodosum , and  Fucus  and  Laminaria  species have 
been found to contain glycine betaine, γ-aminobutyric acid beta-
ine, δ-aminovaleric acid betaine, and laminine [ 12 ,  13 ]. 

 Early analytical methods aimed at the quantifi cation of beta-
ines in plants, seaweeds, or commercial seaweed extracts included 
the use of thin layer chromatography [ 14 ], thin layer electrophore-
sis [ 15 ], and nonspecifi c precipitation reagents [ 16 ,  17 ]. The 
development of an HPLC-based approach to betaine analysis has 
been ongoing since the late 1970s [ 18 ]. Betaines do not fl uoresce 
appreciably and can only be detected at low UV wavelengths 
(190–220 nm) as they lack a strong chromophoric moiety [ 19 ]. 
Attempts at increasing the detection limits of betaines using 
derivatization reagents have given unsatisfactory results because of 
the lack of reactivity of the betaines towards some reagents [ 20 ]. 
Proton magnetic resonance ( 1 H NMR) has also been developed as 
a method of betaine analysis for seaweed extracts and plant mate-
rial [ 21 ] but has the limitation that it cannot be used to quantify 
the levels of betaines that are present as minor components [ 12 ]. 

 The LC-MS-MS method described herein quantifi es betaines 
in seaweeds and commercial seaweed extract products using a rapid 
sample preparation and cleanup protocol. It utilizes the sensitivity 
and selectivity of LC-MS-MS making it a method that is suitable 
for the routine analysis of glycine betaine, γ-aminobutyric acid 
betaine, δ-aminovaleric acid betaine, and laminine.  

2    Materials and Instrumentation 

       1.    Ultrapure water is prepared by purifying distilled water to 
attain a resistance of 18 MΩ at 25 °C with a TOC of <5 ppb.   

   2.    High purity grade methanol.   
   3.    HPLC grade acetonitrile.   
   4.    0.2 % formic acid containing 5 mM ammonium formate is 

prepared by adding 200 μL of formic acid (90 %) and 31.5 mg 
of ammonium formate to 99.8 mL of ultrapure water.   

2.1  Solvents 
and Standards
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   5.    0.01 % formic acid containing 5 mM ammonium formate is 
prepared by adding 100 μL of formic acid (90 %) and 315 mg 
of ammonium formate to 999.9 mL of ultrapure water. After 
mixing the solution is fi ltered through a 0.2 μm fi lter.   

   6.    95 % acetonitrile–water containing 0.01 % formic acid and 
5 mM ammonium formate is prepared by adding 100 μL of 
formic acid (90 %) and 315 mg of ammonium formate to 
50 mL of ultrapure water. After mixing this solution is added 
to 950 mL of acetonitrile (HPLC Grade). The mixed solution 
is fi ltered using a 0.2 μm fi lter in preparation for HPLC use.   

   7.    Glycine betaine and laminine (NɛNɛNɛ-trimethyl lysine). 
The γ-aminobutyric acid betaine and δ-aminovaleric acid beta-
ine standards are synthesized via amine quaternization of ami-
nobutyric acid and aminovaleric acid using a methyl 
iodide–potassium bicarbonate–methanol reagent [ 22 ]. Semi-
purifi cation of the desired reaction product is achieved by 
crystallization from methanol/ether which is repeated three 
times [ 22 ]. Further purifi cation is accomplished using an ion 
exchange system that consists of a strong anion, weak cation 
and strong cation ion exchange columns arranged in a series. 
The procedure used to purify the betaines differs only from 
that reported before [ 23 ] in that Permutit Q (50–100 mesh, 
H +  form) is used in place of AG50W resin (strong cation 
exchange resin). The eluted betaines are evaporated to dryness 
using a rotary evaporator and then freeze-dried. Proton-based 
quantitative NMR is used to determine the purity of each of 
the four betaine standards.      

       1.    Fractionation of seaweed extracts: C 18  Sep-Pak (3 cc, 500 mg, 
Waters) solid phase extraction cartridge.   

   2.    Filtration of samples prior to LC-MS-MS analysis: 4 mm PTFE 
(0.45 μm pore size) HPLC certifi ed syringe fi lter.      

       1.    Betaine LC-MS-MS analysis:  Sciex  API 4000 Triple Quadrapole 
Mass Spectrometer (SCIEX, Streetsville, ON, Canada) cou-
pled to an Agilent 1100 HPLC (Palo Alto, CA, USA). In our 
case the instrument was equipped with a Turbo IonSpray 
source and operated in a positive multiple reaction monitoring 
(MRM) mode.   

   2.    A Waters XBridge™ HILIC column with 2.5-μm diameter 
particles (4.6 mm × 75 mm). The column was equipped with a 
Waters XBridge™ HILIC guard column (4.6 mm × 20 mm).   

   3.    Mobile phase A consisted of 95 % acetonitrile/5 % water con-
taining 0.01 % formic acid and 5 mM ammonium formate 
(v/v). Aqueous mobile phase B is composed of 0.01 % formic 
acid and 5 mM ammonium formate.   

2.2  Extraction 
and Sample 
Preparation 
Components

2.3  LC-MS-MS 
Components

Betaines from Marine Algae
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   4.    Individual betaine standard solutions are volumetrically 
 prepared in methanol from concentrated stock solutions 
( see   Note 1 ). Glycine betaine (GB) is prepared at 0.1, 1.0, and 
5.0 μg/mL. Aminovaleric acid betaine (AVAB) is prepared at 
1.0, 2.0, 10.0, and 20.0 μg/mL. Aminobutyric acid betaine 
(AVAB) is prepared at 0.2, 2.0, and 4.0 μg/mL. Lastly, lami-
nine (LAM) is prepared at 0.2, 1.0, 2.0 μg/mL.       

3    Methods 

       1.    Collect seaweeds, transport them to the lab in a cooler con-
taining ice, clean them of contaminants and rinse them with 
seawater. Freeze the seaweeds and store them at −20 °C or 
colder.   

   2.    Coarsely grind cleaned seaweed samples using liquid nitrogen 
and a mortar. Finely grind the coarse ground seaweed using 
dry ice and a grinder equipped with a size 40 mesh. Weigh out 
250 mg of the fi nely ground seaweed into a 5 mL screw cap 
(Tefl on lined) glass vial. Determine the dry weight of a sepa-
rate wet seaweed sample by freeze-drying or drying the sample 
using a vacuum-drying oven.   

   3.    Add 2 mL of methanol to each sample containing screw cap 
vial, screw on cap, shake and incubate in a heating block or 
water bath for 1 h at 78 °C. Shake the sample and continue to 
incubate at 78 °C for another hour. Remove incubated vial, let 
cool for 5 min and then remove the cap. Collect the aqueous 
methanol extract using a glass Pasteur pipette. Repeat this 
extraction protocol once more. Next, extract the seaweed pel-
let with 2 mL of methanol for only 1 h at 78 °C. Repeat this 
extraction once more.   

   4.    Combine the four extracts and evaporate to dryness under a 
stream of nitrogen in a pre-weighed 20–25 mL glass vial or 
tube. Obtain dry weight of extract.   

   5.    Suspend the resulting sample in 5 mL of 0.2 % formic acid 
with 5 mM ammonium formate using sonication to make the 
sample as homogeneous as possible ( see   Note 2 ).      

       1.    Grind dry seaweed samples (dried using an oven, a freeze 
dryer, etc.) using a grinder equipped with a size 40 mesh. 
Weigh out 100 mg of the dry seaweed powder into a 5 mL 
screw cap (Tefl on lined) vial.   

   2.    Grind dry seaweed extract products using a grinder equipped 
with a size 40 mesh. Weigh out 100 mg of the dry seaweed 
powder into a 5 mL screw cap (Tefl on lined) vial.   

3.1  Extraction 
Procedure for Wet 
Seaweed Samples

3.2  Extraction 
Procedure for Dry 
Seaweed Samples
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   3.    Freeze-dry commercial liquid seaweed products, grind them 
using a grinder equipped with a size 40 mesh and weigh out 
100 mg of the dry seaweed powder into a 5 mL screw cap 
(Tefl on lined) vial. Determine dry weight of the product.   

   4.    Add 2 mL of methanol to each sample containing screw cap 
vial, screw on cap, shake and incubate for 1 h at 78 °C in a 
heating block or water bath. Shake the sample and continue to 
incubate for another hour. Remove incubated vial from the 
heat, let cool for 5 min and then remove the cap. Collect the 
aqueous methanol extract using a glass Pasteur pipette. Repeat 
this extraction protocol once more. Next extract the pellet 
with 2 mL of methanol for 1 h at 78 °C. Repeat this extraction 
once more.   

   5.    Combine the four extracts and evaporate to dryness under a 
stream of nitrogen in a pre-weighed 20–25 mL glass vial or 
tube. Obtain dry weight of extract.   

   6.    Suspend the resulting sample in 5 mL of 0.2 % formic acid 
with 5 mM ammonium formate using sonication to make the 
sample as homogeneous as possible ( see   Note 2 ).      

        1.    Precondition a C 18  Sep-Pak solid phase extraction cartridge, 
that has been fi tted with a small glass wool plug on the top, by 
eluting it fi rst with 5 mL of methanol, followed by 15 mL of 
an aqueous solution containing 0.2 % formic acid and 5 mM 
ammonium formate.   

   2.    Apply the resuspended extract to the preconditioned C 18  Sep- 
Pak cartridge collecting the eluent.   

   3.    Rinse the tube twice with 5 mL of 0.2 % formic acid contain-
ing 5 mM ammonium formate. Elute the cartridge with these 
“rinses”.   

   4.    Combine the three cartridge eluents (~15 mL in volume) and 
evaporate to dryness under a stream of nitrogen.   

   5.    Dissolve the resulting betaine containing fraction in 2.0 mL of 
methanol. Remove and fi lter 100 μL of the sample through a 
4 mm PTFE (0.45 μm pore size) HPLC certifi ed syringe fi lter 
in preparation for HPLC-MS-MS analysis. Store the remain-
der of the sample at −20 °C.      

       1.    Wash and equilibrate the Waters XBridge™ HILIC column 
well with 100 % solvent A making sure it is not connected to 
the  Sciex  API 4000 Triple Quadrapole Mass Spectrometer.   

   2.    Open the Analyst software, build an Acquisition Method and 
check that the required devices are confi gured.   

   3.    Under the LC Pump Method Properties create the steps (elu-
tion gradient) as in Table  1 .

3.3  Preparation 
of Betaine- Enriched 
Fraction

3.4  LC-MS-MS 
Procedure
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       4.    Set the Column Oven chamber to 40 °C and the Autosampler 
to 4 °C with an injection volume of 1.00 μL.   

   5.    Select the MS, create an Experiment 1 method and select the 
scan type as Multiple Reaction Monitoring (MRM) with posi-
tive polarity. Create Table  2 .

   Set the collision gas (CAD) to 8, the curtains gas (CUR) 
to 20.00, both ion source gases (GS1 and GS2) to 50.00, the 
ion spray voltage (IS) to 5,000.00, the temperature (TEMP) 
to 300.00, the interface heater (ihe) to ON, the declustering 
potential (DP) to 60.00, the entrance potential (EP) to 10.00, 
the collision energy (CE) to 30.00 and the collision cell exit 
potential to (CPX) to 15.00. Ensure that the Q1 resolution is 
set to Unit and the Q3 resolution is set to Low. Save the beta-
ine analysis method with an appropriate name.   

   6.    Open Build Acquisition Batch giving the Set an appropriate 
name (usually Yr-Mo-Day). Under the Method Editor, select 
the betaine method that was created in 5. Select the Add Set 
button and then the Add Samples button so that the sample 
names and locations can be inputted. Input a solvent blank for 
the fi rst run followed by a standard mixture that contains GB, 
AVAB, ABAB, and LAM so that the retention times and the 

   Table 1  
  Elution gradient for the LC method   

 Step  Total time (min)  Flow rate (μL/min)  A (%)  B (%) 

 0  0.00  1,000  85  15 

 1  7.00  1,000  85  15 

 2  7.01  1,000  65  35 

 3  15.00  1,000  65  35 

 4  15.01  1,000  85  15 

 5  20.00  1,000  85  15 

   Table 2  
  MS method for multiple reaction monitoring (MRM)   

 Q1 mass (Da)  Q3 mass (Da)  Dwell (ms) 

 118.200   58.200  200.00 

 146.100   87.000  200.00 

 159.900  101.100  200.00 

 188.900   83.900  200.00 
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resolution of the standards can be checked. After inputting the 
samples, input a solvent blank followed by a series of injections 
that will be used for the construction of calibration curves for 
GB, AVAB, ABAB, and LAM. Save this batch fi le.   

   7.    Attach the column to the inlet of the  Sciex  API 4000 Triple 
Quadrapole Mass Spectrometer.   

   8.    Open the instrument Queue, click Ready and then, after a few 
minutes, click Start Sample. All samples in this queue will now 
be injected and run on the LC-MS-MS system.      

       1.    After the runs are completed, use the Analyst software to open 
the Quantitate tab. Use the Quantitation Wizard to select the 
samples and standards for automatic integration and area 
determinations.   

   2.    Copy the areas of the standards to spreadsheet/data process-
ing software, such as Excel ® , to create betaine calibration 
curves and to determine the betaine content in each sample on 
a dry and a wet sample basis.   

   3.    Acquisition of a total ion current (TIC) chromatogram result-
ing from the injection of a composite betaine standard should 
present retention times of 3.7 min for glycine betaine (GB), 
7.1 min for δ-aminovaleric acid betaine (AVAB), 8.5 min for 
γ-aminobutyric acid betaine (ABAB) and 9.7 min for laminine 
(LAM) as shown on Fig.  1  ( see   Notes 3  and  4 ).        

3.5  Data Processing

Time (min)

2 4 6 8 10 12 14

GB 

AVAB 

ABAB 

LAM 

  Fig. 1    Total ion current chromatogram from the LC-MS-MS analysis of a mixed 
betaine standard showing retention times of 3.7 min for glycine betaine (GB), 
7.1 min for δ-aminovaleric acid betaine (AVAB), 8.5 min for γ-aminobutyric acid 
betaine (ABAB) and 9.7 min for laminine (LAM)       
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4    Notes 

     1.    The percent purity obtained from quantitative NMR analysis 
was used in calculating the concentrations of each standard 
solution.   

   2.    There may be particles in the sample that would not dissolve 
in the solvent. Load the sample containing the particulate 
onto the SPE cartridge as in Subheading  3.3 . If the solvent 
will not move through the cartridge as a result of the particu-
late then break up the particulate with a glass pipette to enable 
solvent cartridge fl ow.   

   3.    Using this method the betaine content of  Ascophyllum nodo-
sum  was determined to vary with collection site in Nova Scotia, 
Canada and seasonally in the range 7.0–23 μg GB, 75–140 μg 
AVAB, 23–47 μg ABAB, and 2.8–8.9 μg LAM per gram dry 
weight of seaweed [ 24 ].   

   4.    The betaine profi le of  Saccharina latissima  was shown to be 
dominated by GB with AVAB, ABAB, and LAM being 
detected at much lower levels (Fig.  2 ).          

Time (min)

2 4 6 8 10 12 14

ABAB 
LAM 

GB 

AVAB 

  Fig. 2    Total ion current chromatogram from the LC-MS-MS analysis of  Saccharina 
latissima        
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    Chapter 18   

 Analysis of Marine Biotoxins Using LC-MS/MS 

           Bernd     Luckas     ,     Katrin     Erler    , and     Bernd     Krock   

    Abstract 

   Different clinical types of algae-related poisoning have attracted scientifi c and commercial attention: para-
lytic shellfi sh poisoning (PSP), diarrhetic shellfi sh poisoning (DSP), and amnesic shellfi sh poisoning (ASP). 
Bioassays are common methods for the determination of marine biotoxins. However, biological tests are 
not completely satisfactory, mainly due to the low sensitivity and the absence of specialized variations. In this 
context LC-MS methods replaced HPLC methods with optical detectors, allowing both effective seafood 
control and monitoring of phytoplankton in terms of the different groups of marine biotoxins. This chapter 
describes state-of-the-art LC-MS/MS methods for the detection and quantitation of different classes of 
phycotoxins in shellfi sh matrices. These classes include the highly hydrophilic paralytic shellfi sh poisoning 
(PSP) toxins. Hydrophilic interaction liquid chromatography (HILIC) has been shown to be useful in the 
separation of PSP toxins and is described in detail within this chapter. Another important class of phycotox-
ins is diarrhetic shellfi sh poisoning (DSP) toxins. This group traditionally comprises okadaic acid and dino-
physistoxins (DTXs), pectenotoxins (PTXs), and yessotoxins (YTXs). The most recently described shellfi sh 
poisoning syndrome, azaspiracid shellfi sh poisoning (AZP) is caused by azaspiracids, which in turn are 
diarrhetic, but usually are treated separately as AZP. The last group of regulated shellfi sh toxins is the amne-
sic shellfi sh poisoning (ASP) toxin domoic acid, produced by species of the genus  Pseudo - nitzschia .  

  Key words     ASP toxins  ,   Azaspiracids  ,   Domoic acid  ,   DSP toxins  ,   LC-MS/MS determination  ,   Okadaic 
acid and Dinophysistoxins  ,   Pectenotoxins  ,   PSP toxins  ,   Regulated marine biotoxins  ,   Yessotoxins  

1      Introduction 

 Harmful algal blooms (HABs) can cause problems when algal tox-
ins are ingested by and stored in mussels that are consumed by 
humans. Mussels fi lter approximately 20 L water/h, and during 
algal blooms water may contain several million algal cells per liter. 
Although not all algae produce toxins, it is plausible that a signifi -
cant accumulation of toxins will occur in mussels. Monitoring of 
toxins in seafood and risk assessment for human exposure is the 
main task of food control as consumption of seafood contaminated 
with marine biotoxins may cause serious diseases. Damage to the 
nervous system (paralytic shellfi sh poisoning, PSP), the intestinal 
system (diarrhetic shellfi sh poisoning, DSP), and loss of memory 
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(amnesic shellfi sh poisoning, ASP) have been observed subject to 
the type of algal bloom [ 1 ]. Therefore, the analysis of marine food 
for marine biotoxins is an important task that must be conducted 
according to international regulations and in strict compliance 
with the respective restrictions [ 2 ]. 

   The main producers of paralytic shellfi sh poisoning (PSP) toxins are 
dinofl agellates of the genus  Alexandrium . The toxins were named 
PSP toxins due to the observation that their consumption caused 
symptoms of poisoning in warm blooded species similar to paralytic 
phenomena. PSP toxins are potential neurotoxins which specifi cally 
block the excitation current in nerve and muscle cells resulting in 
signs of paralysis. Consequently, the development of analytical meth-
ods for the determination of poisoning caused by PSP toxins was an 
important task. The mouse bioassay unambiguously gives evidence 
of the toxic potential of a sample, since the application of higher 
toxin concentrations yields a shortening of the time until death of 
the animals [ 3 ]. However, those biological tests only reveal the total 
PSP toxicity of a sample expressed in MU (mouse units)/kg or in 
PSP/kg. Thus, the determination of individual PSP toxins was only 
possible after isolation and structure elucidation [ 4 ]. In 1957, a PSP 
toxin was isolated from  Saxidomus giganteus  (clams) from Alaska, 
and in 1975 the chemical structure was assigned to the so-called 
saxitoxin (STX) (Fig.  1 ). Later on, more PSP toxins were identifi ed 
which were all related to saxitoxin (STX) or  N -1-hydroxy-saxitoxin 
(neosaxitoxin, NEO). Today, it is convenient to distinguish between 
three groups of PSP toxins: carbamoyl toxins,  N -sulfocarbamoyl 
toxins, and decarbamoyl toxins [ 5 ].  N -Sulfocarbamoyl toxins exhibit 
only low toxicity, whereas the toxicity of the carbamoyl and decar-
bamoyl toxins is signifi cantly higher (Fig.  1 ).  

 Electrospray ionization mass spectrometry (ESI-MS) is effec-
tive for detection of the polar PSP toxins, which are quite basic 
and, therefore, form stable [M + H] +  ions. Thus, the direct detec-
tion of underivatized PSP toxins is possible using a mass spectrom-
eter as detector [ 6 ]. In 2007, Diener et al. [ 7 ] published the 
application of a ZIC-HILIC column (Dichrom) for the separation 
of underivatized PSP toxins including a new LC-MS/MS method 
which enabled the separation of all three groups of PSP toxins in a 
single chromatographic run. Although the limits of detection 
(LODs) are sometimes higher with MS detection than with fl uo-
rescence detection, the sensitivity of the MS detection is suffi cient 
to control seafood at the regulatory limit for a PSP toxin content 
at 800 μg STX equivalents /kg wet weight of soft tissues [ 8 ].  

   Since the fi rst reports of diarrheic shellfi sh poisoning (DSP) in 
Japan, in 1978, the illness is now recognized as a threat to public 
health throughout the world. All DSP toxins are relatively nonpo-
lar, with molecular weights higher than 500, and easily extractable 
by organic solvents. Most DSP toxins are polyether compounds 

1.1  Paralytic 
Shellfi sh Poisoning 
(PSP) Toxins

1.2  Diarrhetic 
Shellfi sh Poisoning 
(DSP) Toxins
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with distinctive chemical structures and widely varying functional 
groups resulting in different toxicological and chemical character-
istics [ 9 ]. Okadaic acid (OA) and dinophysistoxins (DTXs) (Fig.  2 ) 
have been classifi ed as diarrhetic shellfi sh poisoning (DSP) tox-
ins due to their production of symptoms of diarrhea [ 10 ]. 
Unfortunately, when pectenotoxins (PTXs) (Fig.  3 ) [ 11 ] and yes-
sotoxins (YTXs) (Fig.  4 ) [ 12 ] were discovered and before their 
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  Fig. 1    Chemical structures of PSP toxins and their toxicities relative to saxitoxin (STX = 1).  MRL  maximum resi-
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  Fig. 2    Chemical structures and [M + NH 4 ] +  masses of okadaic acid (OA), its derivatives dinophysistoxin-1 (DTX- 1), 
DTX-2, and DTX-3.  Note : unlike OA, DTX-1, and DTX-2, DTX-3 are not individual compounds, but general terms 
for 7-acylated variants       

  Fig. 3    Chemical structures and [M + NH 4 ] +  masses of pectenotoxin-1 (PTX-1), PTX-2, PTX-2 seco acid, and 
PTX-11       
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toxicity was understood, they were placed into the DSP category 
because they often occur together with OA and DTXs and were 
detected by the mouse bioassay procedure fi rst used to detect DSP 
toxins in lipophilic extracts generally. With the continued discovery 
of a series of new lipophilic toxins, such as azaspiracids (AZAs) 
(Fig.  5 ), it became clear that a better approach would be needed 
to categorize the toxins strictly according to their chemical 
classes rather than their toxic symptoms [ 13 ]. This would allow 
seafood safety to be regulated according to allowable levels of 
 specifi c toxins (Table  1 ) rather than to the result of a specifi c assay. 
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    Table 1  
  Regulated lipophilic toxins   

 Okadaic 
acid group  MRL 

 Pectenotoxin 
group  MRL  Yessotoxin group  MRL 

 Azaspiracid 
group  MRL 

 OA 
 DTX-1 
 DTX-2 

 160 μg 
OA 
eq./kg 

 PTX-1 
 PTX-2 
 PTX-2sa 

 160 
μg/kg 

 YTX 
 Homo-YTX 
 45-OH-YTX 
 45-OH-homo-YTX 

 1 mg/kg  AZA-1 
 AZA-2 
 AZA-3 

 160 μg/kg 

   MRL  Maximum Residue Level,  eq . equivalent  
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In Annex II Section VII Chapter V [ 2 ] to Regulation 853/2004/
EC [ 14 ], maximum levels for ASP, PSP and DSP toxins are estab-
lished. Table  1  shows the maximum residue level for the different 
groups of DSP toxins.    

      Amongst the known marine shellfi sh poisoning syndromes, azaspi-
racid shellfi sh poisoning (AZP) is the most recent one which was 
observed for the fi rst time in the Netherlands in 1995. Contaminated 
mussels cultivated in Ireland were consumed and intoxicated at 
least eight people [ 15 ]. Three years later the implicated toxin was 
identifi ed, isolated, structurally defi ned, and named azaspiracid 
(now called azaspiracid-1 (AZA-1)) [ 16 ]. In the following years 
other variants of AZA-1 were found and isolated from shellfi sh 
[ 17 – 20 ]. As a result, the European Union has set a regulatory limit 
for maximum levels of AZA-1, AZA-2, and AZA-3 in shellfi sh 
(160 μg/kg). Due to their structural characteristics AZAs were 
early suspected to be of dinofl agellate origin, however, the AZA- 
producing organism remained unknown until the isolation of 
 Azadinium spinosum  from the North Sea in 2007 [ 21 ].  

   Domoic acid (DA) (Fig.  6 ) and its isomers are marine biotoxins 
causing amnesic shellfi sh poisoning (ASP) in humans. Symptoms 
of ASP include gastrointestinal symptoms (vomiting, diarrhea, or 
abdominal cramps) and/or neurological symptoms (confusion, 
loss of memory, or other serious signs such as seizure or coma) 
occurring within 24–48 h after consuming contaminated shellfi sh. 
DA is a water-soluble cyclic amino acid mainly produced by marine 
red algae of the genus  Chondria  and diatoms of the genus  Pseudo - 
nitzschia    . The fi rst confi rmed outbreak of ASP occurred in Canada 
in 1987 and was related to mussels affected by a bloom of the 
 Pseudo - nitzschia f. multiseries . DA isomers have also been detected 
in shellfi sh in the United States and in a number of European 
countries. Although several isomers of DA (diastereoisomer epi- 
domoic acid (epi-DA) and isodomoic acids (iso-DAs)) have been 
identifi ed data on the occurrence only of DA and epi-DA (expressed 
as sum DA) have been reported [ 22 ]. Domoic acid became a 

1.3  Azaspiracid 
Shellfi sh Poisoning 
(AZP) Toxins

1.4  Amnesic 
Shellfi sh Poisoning 
(ASP) Toxins
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  Fig. 6    Chemical structure of domoic acid (DA)       

 

Marine Biotoxins by LC-MS/MS



284

subject of interest for food control laboratories after introduction 
of a limit of 20 mg DA/kg fl esh of mussels [ 14 ]. HPLC separation 
of the underivatized domoic acid on reversed-phase (RP) columns 
followed by UV detection at 242 nm was suggested. In addition, 
several methods involving MS have also been used for the determi-
nation of DA and its analogues in shellfi sh [ 23 ].  

 In this chapter, protocols for the determination of the 
 hydrophilic PSP toxins, the lipophilic DSP toxins (including aza-
spiracids) and the ASP toxin domoic acid are outlined.   

2    Materials 

 For the preparation of all extraction and mobile phase solutions 
use ultrapure water (18 MΩ/cm, Milli-Q; Millipore), analytical 
grade reagents and HPLC or LC-MS grade solvents. For the prep-
aration of all solutions use gradient cylinder or pipettes and store 
all solutions at room temperature, if not indicated otherwise. 

 Standard stock solution of ASP, DSP, and PSP can be pur-
chased from the Certifi ed Reference Material (CRM) Programme 
of the Institute of Marine Biosciences, National Research Council, 
Halifax, NS, Canada. Sealed ampoules have to be stored at +4 °C 
(ASP) and −20 °C (DSP, PSP) until dilution. 

         1.    Extraction solvent 0.2 M hydrochloric acid: transfer 26 mL of 
hydrochloric acid 25 % in a 1,000 mL volumetric fl ask and fi ll 
up with distilled water.   

   2.    1 M ammonium formate: weigh 31.53 g of ammonium 
 formate (MW 63.06 g/mol), dilute it in 200 mL of water, 
transfer it in a 500 mL volumetric fl ask and fi ll up with water 
( see   Note 1 ).   

   3.    1 M formic acid: transfer 19.1 mL of formic acid 99 % in a 
500 mL volumetric fl ask and fi ll up with water ( see   Note 1 ).   

   4.    Mobile phase A: 2 mM formic acid, 5 mM ammonium for-
mate in acetonitrile/water (80:20, v/v). Mix 5 mL of 1 M 
ammonium formate solution and 2 mL of 1 M formic acid 
with 193 mL of water and 800 mL of acetonitrile.   

   5.    Mobile phase B: 10 mM formic acid, 10 mM ammonium for-
mate in water. Mix 10 mL of 1 M ammonium formate solu-
tion and 10 mL of 1 M formic acid with 980 mL of water.   

   6.    Prepare a standard mix stock solution by pipetting the vol-
umes of the respective standard solutions given in Table  2  into 
a vial and add 712.6 μL of 0.03 M acetic acid (fi nal volume: 
1,000 μL).

2.1  Determination 
of PSP Toxins

2.1.1  Reagents

Bernd Luckas et al.
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       7.    Prepare four dilutions from this stock solution for calibration 
of samples:
   Solution 1: 25 μL stock solution and 475 μL 0.03 M acetic acid.  
  Solution 2: 50 μL stock solution and 450 μL 0.03 M acetic acid.  
  Solution 3: 100 μL stock solution and 400 μL 0.03 M acetic acid.  
  Solution 4: 200 μL stock solution and 300 μL 0.03 M acetic acid.  
  The fi nal concentrations of each PST in the four solutions are 

listed in Table  2  ( see   Note 2 ).         

       1.    Grinder or mechanical mixer (e.g., ULTRA-TURRAX).   
   2.    15 mL glass or plastic tubes (heat and centrifuge stable).   
   3.    Vortex.   
   4.    Electrical heater or water bath.   
   5.    Ultrasonic probe or ultrasonic bath.   
   6.    Centrifuge at least 5,000 ×  g  for 15 mL tubes.   
   7.    2.0 mL tubes (adapted for centrifugation).   

2.1.2  Materials 
and Instrumentation

    Table 2  
  Original concentrations of commercially available PSTs produced by the Certifi ed Reference Material 
(CRM) Programme of the Institute of Marine Biosciences, National Research Council, Canada; Volumes 
needed for each PST for the preparation of a standard mix stock solution; concentrations of each PST 
in the stock solution and fi nal concentrations of each PST in solutions 1–4 for calibration of samples   

 Strd. 

 Original 
conc. 

 Volume for 
stock sol. 

 Conc. 
stock sol. 

 Conc. 
Sol. 1 

 Conc. 
Sol. 2 

 Conc. 
Sol. 3 

 Conc. 
Sol. 4 

 [μM]  [μL]  [pg/μL]  [pg/μL]  [pg/μL]  [pg/μL]  [pg/μL] 

 STX   65   7,4  144,93  7,2  14,5  29,0  58,0 

 GTX2   118   16  746,52  37,3  74,7  149,3  298,6 

 GTX3   39   16  246,73  12,3  24,7  49,3  98,7 

 NEO   65   7  144,38  7,2  14,4  28,9  57,8 

 dcSTX   62   8  128,12  6,4  12,8  25,6  51,2 

 GTX1   106   132  5756,31  287,8  575,6  1151,3  2302,5 

 GTX4   35   132  1900,67  95,0  190,1  380,1  760,3 

 B1   65   12  295,93  14,8  29,6  59,2  118,4 

 dcGTX2   114   80  3212,98  160,6  321,3  642,6  1285,2 

 dcGTX3   32   80  901,89  45,1  90,2  180,4  360,8 

 C1   114   25  1354,89  67,7  135,5  271,0  542,0 

 C2   35   25  415,98  20,8  41,6  83,2  166,4 
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   8.    Centrifuge at least 15,000 ×  g  for 2.0 mL tubes.   
   9.    Nylon or PTFE syringe micro fi lter with 0.45 μm pore size.   
   10.    One way 2 mL syringe with needle.   
   11.    1.5 mL HPLC vials.   
   12.    HPLC instrumentation: injection system, gradient pump, col-

umn oven (able to heat 35 °C), HILIC analytical column, and 
triple-quadrupole mass spectrometer ( see   Note 3 ).       

         1.    Extraction solvent: methanol–water (90:10, v/v). Mix 900 mL 
of methanol with 100 mL of water.   

   2.    1 M ammonium formate: weight 31.53 g of ammonium for-
mate (MW 63.06 g/mol), dilute it in 200 mL of water, trans-
fer it in a 500 mL volumetric fl ask and fi ll up with water 
( see   Note 1 ).   

   3.    Buffer stock solution: transfer 20 mL of 1 M ammonium for-
mate solution together with 19.1 mL of formic acid 99 % in a 
500 mL volumetric fl ask and fi ll up with water ( see   Note 1 ).   

   4.    Mobile Phase A: 2 mM ammonium formate, 50 mM formic 
acid in water. Mix 50 mL of the buffer stock solution with 
950 mL of water.   

   5.    Mobile Phase B: 2 mM ammonium formate, 50 mM formic 
acid in methanol–water (95:5; v/v). Mix 50 mL of the buffer 
stock solution with 950 mL of methanol.   

   6.    Solutions for the hydrolysis of dinophysistoxin-3 (DTX-3):
 –    2.5 M sodium hydroxide: weigh 10 g of NaOH and dilute 

it with 50 mL of water on ice. Temper the solution at 
room temperature, transfer it into a 100 mL volumetric 
fl ask and fi ll up with water.  

 –   2.5 M hydrochloric acid solution: transfer 32.4 mL of 
25 % HCl into a 100 mL volumetric fl ask and fi ll up with 
water.      

   7.    Standard solutions: prepare a series of calibration solutions with 
increasing concentration of okadaic acid (OA), dinophysitoxin-
 1 (DTX-1), dinophysistoxin-2 (DTX-2), pectenotoxin-1 (PTX- 
1), pectenotoxin-2 (PTX-2), pectenotoxin-2 seco acid 
(PTX-2sa), yessotoxin (YTX), homo-yessotoxin (homo-YTX), 
45-OH-yessotoxin (45-OH-YTX), 45-OH-homo-yessotoxin 
(45-OH-homo-YTX), and azaspiracid-1 (AZA-1), azapiracid-2 
(AZA-2), azaspiracid-3 (AZA-3) within the range of for exam-
ple 0.005–0.08 μg/mL. Dilute the standard solutions with 
methanol ( see   Note 2 ).      

       1.    Grinder or mechanical mixer (e.g., ULTRA-TURRAX).   
   2.    Centrifuge tubes 10 or 15 mL.   
   3.    Vortex.   

2.2  Determination 
of DSP Toxins

2.2.1  Reagents

2.2.2  Materials 
and Instrumentation
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   4.    Thermo mixer.   
   5.    Ultrasonic probe or ultrasonic bath.   
   6.    Centrifuge at least 5,000 ×  g.    
   7.    Nylon or PTFE syringe micro fi lter with 0.2 μm pore size.   
   8.    One way 2 mL syringe with needle.   
   9.    1.5 mL HPLC vials, brown glass.   
   10.    200 μL Micro insert for HPLC vial.   
   11.    LC-MS/MS instrumentation: Injection system, gradient 

pump, column oven, analytical column C8 reversed phase, 
triple- quadrupole mass spectrometer ( see   Notes 3  and  4 ).       

         1.    Extraction solvent: methanol–water (50:50, v/v). Mix 500 mL 
of methanol with 500 mL of water.   

   2.    1 M ammonium formate: weigh 31.53 g of ammonium for-
mate (MW 63.06 g/mol), dilute it in 200 mL of water, trans-
fer it in a 500 mL volumetric fl ask and fi ll up with water.   

   3.    Buffer stock solution: transfer 20 mL of 1 M ammonium for-
mate solution together with 19.1 mL of formic acid 99 % in a 
500 mL volumetric fl ask and fi ll up with water.   

   4.    Mobile phase A: 2 mM ammonium formate, 50 mM formic 
acid in water. Mix 50 mL of the buffer stock solution with 
950 mL of water.   

   5.    Mobile phase B: 2 mM ammonium formate, 50 mM formic 
acid in methanol–water (95:5; v/v). Mix 50 mL of the buffer 
stock solution with 950 mL of methanol.   

   6.    Standard solutions: prepare a series of calibration solutions 
with increasing concentration of domoic acid (DA) within the 
range of for example 0.2–25 μg/mL. Dilute the standard 
solutions with methanol–water (95:5, v/v) ( see   Note 5 ).      

       1.    Grinder or mechanical mixer (e.g., ULTRA-TURRAX).   
   2.    10 or 15 mL glass or plastic tubes (heat and centrifuge 

stable).   
   3.    Vortex.   
   4.    Electrical heater or water bath.   
   5.    Ultrasonic probe or ultrasonic bath.   
   6.    Centrifuge at least 5,000 ×  g.    
   7.    Nylon or PTFE syringe micro fi lter with 0.45 μm pore size.   
   8.    One-way 2 mL syringe with needle.   
   9.    1.5 mL HPLC vials.   
   10.    HPLC instrumentation: injection system, gradient pump, col-

umn oven, C18 reversed phase analytical column, mass spec-
trometer with electro spray ionization source ( see   Note 3 ).        

2.3  Determination 
of ASP Toxins

2.3.1  Reagents

2.3.2  Materials 
and Instrumentation

Marine Biotoxins by LC-MS/MS
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3    Methods 

   For representative sampling it is necessary to pool 100–150 g of 
tissue.

    1.    Clean the outside of the shellfi sh with fresh water, open the 
shell by cutting the adductor muscle, and rinse inside with 
fresh water to remove sand and other material.   

   2.    Cut the meat and homogenate the tissue fi nely and sensitive 
with a suitable grinder or mechanical mixer.      

         1.    Weigh accurately 4.0 ± 0.1 g of tissue homogenate into a cen-
trifuge tube.   

   2.    Add 5 mL of extraction solvent, homogenize for 1 min with a 
vortexer, and put the sample in the ultrasonic bath for 5 min 
or utilize the ultrasonic probe for 1 min.   

   3.    Close the tube and boil the mixture 15 min in an electrical 
heater or water bath.   

   4.    Cool down at room temperature, centrifuge at 2,500 ×  g  for 
5 min, and transfer the supernatant in a 20 mL volumetric 
fl ask.   

   5.    Repeat the extraction with 3 mL of extraction solvent two 
times more without heating.   

   6.    Fill up to 20 mL with extraction solvent and transfer 1.5 mL 
of the extract into a 2.0 mL tube, centrifuge 10 min up to 
15,000 ×  g , and fi ltrate the supernatant through a fi lter with 
the aid of a one-way 2 mL syringe.   

   7.    Aliquot the fi ltrate into an HPLC vial and analyze the sample 
immediately or store it in the freezer at approximately −12 °C 
or lower.      

   The determination of PSP toxins carried out by hydrophilic inter-
action liquid chromatography with MS/MS detection. LC 
 conditions are listed in Table  3  and MS/MS conditions are 
described in Table  4 . The SRM transitions for the detection of PSP 
toxins are listed in Table  5 . The limits of detection (LOD) are rela-
tively variable among PSP toxins and range from 5 pg on-column 
(S/N = 5) for GTX-3 and 7 pg for GTX-4 up to 112 pg for GTX-1. 
However, most PSP toxins have intermediate LODs between 10 
and 50 pg on-column. Figure  7  shows the ion traces of a PSP 
 standard mix consisting of C1/2, B1, GTX1-4, NEO, STX, 
dcGTX2/3, and dcSTX. The alphamers (C1, GTX1, GTX2, and 
dcGTX2) elute fi rst on a HILIC column followed by the betamers 
(C2, GTC3, GTX4, and dcGTX3), B1, the carbamoyl toxins NEO 
and STX and fi nally by dcSTX.

3.1  Preparation 
of Shellfi sh Sample

3.2  Determination 
of PSP Toxins

3.2.1  Extraction

3.2.2  LC-MS/MS 
Measurement
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                1.    Weigh accurately 4.0 ± 0.1 g of tissue homogenate into a cen-
trifuge tube.   

   2.    Add 5 mL of extraction solvent, homogenize for 1 min with a 
vortexer, and put the sample in the ultrasonic bath for 5 min 
or utilize the ultrasonic probe for 1 min.   

   3.    Centrifuge at 2,500 ×  g  for 5 min and transfer the supernatant 
into a 20 mL volumetric fl ask.   

3.3  Determination 
of DSP Toxins

3.3.1  Extraction

   Table 3  
  LC conditions for the determination of PSP toxins   

 LC conditions 

 Column  ZIC-HILIC 150 mm × 4.6 mm id, 5 μm (Dichrom) 

 Temperature  35 °C 

 Flow  0.7 mL/min 

 Injection volume  20 μL 

 Run time  45 min gradient 

 LC-gradient 

 Time/min  A/%  B/% 

 0  80  20 

 5.0  65  35 

 10.0  60  40 

 20.0  55  45 

 24.0  55  45 

 25.0  80  20 

 45.0  80  20 

 Stop 

   Table 4  
  MS/MS parameters for the determination of PSP toxins   

 MS/MS conditions on ABI-Sciex-4000 Q Trap triple-quadrupole mass 
spectrometer 

 Mode  Positive  Temperature (°C)  650 

 Curtain gas (psi)  30  Nebulizer gas (psi)  70 

 Ion-spray voltage (V)  5,000  Interface heater  On 

 Auxiliary gas (psi)  70  Entrance potential (V)  10 

 Declustering potential (V)  66  Collision energy (V)  30 

 Collision gas  High  Collision cell exit potential (V)  12 

Marine Biotoxins by LC-MS/MS
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   4.    Repeat the extraction with 3 mL extraction solvent two times. 
The third centrifugation runs at 5,000 ×  g  for 10 min.   

   5.    Fill up to 20 mL with extraction solvent and fi ltrate a portion 
of the extract through a fi lter with the aid of a one-way 2 mL 
syringe.   

   6.    Aliquot the fi ltrate into an HPLC vial and analyze the sample 
immediately or store it in the freezer at approximately −20 °C.      

       1.    Add to 500 μL of extract 62.5 μL of 2.5 M NaOH into an 
HPLC vial and mix 1 min with a vortex.   

   2.    Heat this mixture at 75 °C for 40 min in a thermo mixer and 
let it shake slowly.   

   3.    Cool down to room temperature and add 62.5 μL 2.5 M HCl 
and mix 1 min with a vortex.   

   4.    Transfer the extract into a micro insert HPLC vial.   
   5.    Analyze the hydrolyzed extract immediately and together with 

the unhydrolyzed samples and apply the dilution factor of the 
hydrolysis in the calculation of the concentrations of the pres-
ent DSP toxins.      

   The chromatographic run was divided into three periods with dif-
ferent mass spectrometric parameters. The respective LC condi-
tions are listed in Table  6 , the MS parameters are in Table  7  and 
the SRM transitions, retention times, period and LOD for each 
toxin are listed in Table  8 . Figure  8a  shows period 1 and a peak of 
DA, Fig.  8b  shows period 2 for the cyclic imine toxins showing 
peaks of GYM and SPX1 and Fig.  8c  shows period 3 for the 

3.3.2  Hydrolysis: 
Transformation of DTX-3 
to OA or DTX-1

3.3.3  LC-MS/MS 
Measurement

   Table 5  
  SRM transitions for selected PSP toxins   

 Toxin  Transition  m / z   Toxin  Transition  m / z   Toxin  Transition  m / z  

 STX  300 > 282 
 300 > 204 

 B1  380 > 300 
 380 > 282 

 dc-STX  257 > 196 
 257 > 156 

 NEO  316 > 298 
 316 > 196 

 B2  396 > 316 
 396 > 298 

 dc-NEO  273 > 255 

 GTX-1  412 > 332 
 412 > 314 

 C1  396 > 316 
 396 > 298 

 dc-GTX-1  369 > 289 

 GTX-2  396 > 316 
 396 > 298 

 C2  396 > 316 
 396 > 298 

 dc-GTX-2  353 > 273 

 GTX-3  396 > 316 
 396 > 298 

 C3  412 > 332 
 412 > 314 

 dc-GTX-3  353 > 273 

 GTX-4  412 > 332 
 412 > 314 

 C4  412 > 332 
 412 > 314 

 dc-GTX-4  369 > 289 
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 lipophilic toxins OA and DTXs, PTXs, YTXs and AZAs. This 
method is also able to analyze domoic acid in period 1 and cyclic 
imine toxins (spirolides, gymnodimines) [ 24 ] in period 2.

                1.    Weigh accurately 4.0 ± 0.1 g of tissue homogenate into a cen-
trifuge tube.   

   2.    Add 5 mL extraction solvent, homogenize for 1 min with a 
vortexer, and put the sample in the ultrasonic bath for 5 min 
or utilizes the ultrasonic probe for 1 min.   

   3.    Close the tube and heat the mixture at 60–70 °C for 15 min 
in an electrical heater or water bath.   

3.4  Determination 
of ASP Toxins

3.4.1  Extraction

  Fig. 7    Specifi c ion traces of a SRM chromatogram of a PSP standard mix containing C1/2, B1, GTX1-4, NEO, 
STX, dcGTX2/3, and dcSTX       
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   Table 6  
  LC conditions of the multi-toxin method for the determination of DA and lipophilic toxins   

 LC conditions 

 Column  Hypersil BDS 120 Å 5 μm C8 reversed phase 50 mm × 2.0 + Security Guard 
column (Phenomenex) 

 Temperature  20 °C 

 Flow  0.2 mL/min 

 Injection volume  5 μL 

 Run time  30 min gradient 

 LC-gradient 

 Time/min  A/%  B/% 

 0  95  5 

 10.0  0  100 

 15.0  0  100 

 18.0  95  5 

 30.0  95  5 

 Stop 

   Table 7  
  MS/MS parameters of the three periods of the multi-toxin method for the determination of DA 
and lipophilic toxins   

 MS/MS conditions on ABI-Sciex-4000 Q Trap triple-quadrupole mass spectrometer 

 Period 1 
(0–8.75 min) 

 Period 2 
(8.75–11.2 min) 

 Period 3 
(11.2–18.0 min) 

 Curtain (psi)  20  10  10 

 CAD  Medium  Medium  Medium 

 Ion-spray voltage (V)  5,500  5,500  5,500 

 Temperature (°C)  275  Ambient  Ambient 

 Nebulizer gas (psi)  50  10  10 

 Auxiliary gas (psi)  50  Off  Off 

 Interface heater  On  On  On 

 Declustering potential (V)  50  50  50 

 Entrance potential (V)  10  10  10 

 Collision cell exit potential (V)  15  15  15 
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   4.    Cool down at room temperature, centrifuge at 2,500 ×  g  for 
5 min, and transfer the supernatant in a 20 mL volumetric fl ask.   

   5.    Repeat the extraction with 3 mL of extraction solvent two 
times more without heating and centrifuge at 5,000 ×  g  for 
10 min the last time.   

   6.    Fill up to 20 mL with extraction solvent and fi ltrate a portion of 
the extract trough a fi lter with the aid of a one way 2 mL syringe.   

   7.    Aliquot the fi ltrate into an HPLC vial and analyze the sample 
immediately or store it in the freezer approximately −12 °C or 
lower.      

   The determination of DA carried out by reversed phase liquid chro-
matography with MS/MS detection. LC is performed on a reversed 
phase C18 column and LC parameters are given in Table  9 . Mass 
spectrometric detection of DA is performed in the SRM mode with 
two transitions and MS parameters as listed in Table  10 .

    The LOD (S/N = 3) of DA is 40 pg on-column using an AB 
Sciex API 2000 triple quadrupole mass spectrometer. Figure  9  
shows the quantifi er ion trace ( m / z  312 > 266) and the qualifi er 
ion trace ( m / z  312 > 161) of a DA standard.     

3.4.2  LC-MS/MS 
Measurement

   Table 8  
  SRM transitions, retention times, and period of DA and lipophilic toxins   

 Toxin 
 Transition 
(collision energy [V]) 

 Retention 
time [min]  Period  LOD a  [pg] 

 DA  312 > 266 (20) 
 312 > 161 (30) 

 7.58  1  58 

 OA  822 > 223 (55)  11.85  3  180 

 DTX-1  836 > 237 (55)  12.83  3  320 

 DTX-2  822 > 223 (55)  12.15  3  nd 

 PTX-1  892 > 213 (55)  11.33  3  nd 

 PTX-2  876 > 213 (55)  12.40  3  26 

 PTX-2sa  894 > 213 (55)  11.93  3  15 

 YTX  1,160 > 965 (55)  13.14  3  34 

 Homo-YTX  1,174 > 979 (55)  13.22  3  nd 

 45-OH-YTX  1,176 > 981 (55)  11.94  3  nd 

 45-OH-homo-YTX  1,190 > 977 (55)  11.85  3  nd 

 AZA-1  842 > 824 (55)  14.37  3  2 

 AZA-2  856 > 838 (55)  14.61  3  nd 

 AZA-3  828 > 810 (55)  13.90  3  nd 

   Nd  not determined 
  a LOD defi ned as (S/N = 3)  

Marine Biotoxins by LC-MS/MS
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  Fig. 8    SRM chromatograms of a lipophilic toxin standard mix DSP: ( a ) period 1 (0–8.5 min) for the detection of 
DA, ( b ) period 2 (8.5–11.2 min) for the detection of cyclic imine toxins and ( c ) period 3 (11.2–16 min) for PTXs, 
DTXs, AZAs, and YTXs       

   Table 9 
  LC conditions for the determination of DA   

 LC conditions 

 Column  Luna C18 reversed phase 250 mm × 4.6 mm id, 
5 μm + security guard column (Phenomenex) 

 Temperature  25 °C 

 Flow  0.8 mL/min 

 Injection volume  20 μL 

 Run time  25 min gradient 

 LC-gradient 

(continued)
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   Table 10  
  MS/MS parameters for the determination of DA   

 MS/MS conditions on ABI-Sciex-2000 triple-quadrupole mass spectrometer 
 Transitions ( m / z ) for DA: 312 > 266 (quantifi er), 312 > 161 (qualifi er) 

 Mode  Positive  Temperature (°C)  400 

 Curtain gas (psi)  50  Nebulizer gas (psi)  90 

 Ion-spray voltage (V)  5,500  Interface heater  on 

 Auxiliary gas (psi)  70  Entrance potential (V)  12 

 Declustering potential (V)  16  Collision energy (V)  20 

 Collision gas (V)  6  Collision cell exit potential (V)  6 

 Focussing potential (V)  370 

 Time/min  A/%  B/% 

 0  87  13 

 2.0  87  13 

 10.0  50  50 

 10.5  10  90 

 15.5  10  90 

 16.0  87  13 

 25.0  87  13 

 Stop 

  Fig. 9    Quantifi er ( m / z  312 > 266) and qualifi er ( m / z  312 > 161) of a SRM chro-
matogram of a DA standard       

Table 9
(continued)
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    Chapter 19   

 Fucoidan Analysis by Tandem MALDI-TOF 
and ESI Mass Spectrometry 

           Stanislav     D.     Anastyuk     ,     Natalia     M.     Shevchenko    , and     Vladimir     I.     Gorbach   

    Abstract 

   The application of mass spectrometry towards the structural analysis of the most interesting sulfated bio-
polymers of the brown algae—fucoidans only developed relatively recently. During method development, 
many problems, both chemical and instrumental, have to be solved. For example, mass spectrometry has a 
limitation in the analysis of anionic high molecular weight (HMW) polysaccharides because of the labile 
nature of sulfate groups which cause the polysaccharide to desulfate rather than ionize. Thus, decomposi-
tion methods should be developed taking into account the structural features of such a complex and fragile 
compound. The selection of optimal instrument settings for the electrospray ionization mass spectrometry 
(ESIMS) and of matrix media for matrix-assisted laser desorption/ionization mass spectrometry 
(MALDIMS) is also required. When optimal parameters for mass spectrometric analyses are found, the 
application of these methods to the elucidation of structural features of fucoidans (by studying their frag-
ments) allows researchers to rapidly obtain new and unique data, often impossible to achieve by other 
techniques. Herein, we describe tandem mass spectrometry of sulfated fucooligosaccharides, obtained by 
an autohydrolysis technique from structurally different fucoidans.  

  Key words     Brown algae  ,   Electrospray ionization mass spectrometry (ESIMS) fucoidan  ,   Matrix- 
assisted laser desorption/ionization time-of-fl ight mass spectrometry (MALDI-TOF MS)  , 
  Oligosaccharides  ,   Tandem mass spectrometry (MS/MS)  

1      Introduction 

 Mass spectrometry is a modern fundamental and applied tech-
nique. It involves the acquisition of data on the composition of a 
substance, its structure, physical and chemical properties, and pro-
cesses of ion-molecular interactions. Electrospray ionization mass 
spectrometry (ESIMS) has been developed since the 1980s [ 1 ,  2 ]. 
Together with matrix-assisted laser desorption/ionization mass 
spectrometry (MALDIMS) [ 3 ,  4 ], ESIMS enables the study of 
high molecular weight (HMW) compounds of almost any type, 
including proteins, nucleotides, natural and synthetic polymers. 

 Structural features of sulfated polysaccharides, such as chon-
droitin sulfates and heparins have been successfully studied by mass 
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spectrometry because of the availability of the specifi c enzymes, 
effectively catalyzing depolymerization of the polymers [ 5 ,  6 ]. 
Since enzymes capable of effectively decomposing fucoidan [ 7 ] are 
not widely available, an alternative method for the soft decomposi-
tion (without the excess loss of labile sulfate groups) of fucoidans 
is required. 

 Despite of the complexity of fucoidans, two species-specifi c 
structurally different types of its main chain have been suggested 
[ 8 ]: a linear backbone of alternating 3- and 4-linked α-L - fucopyranose 
(α- L -Fuc p ) residues with different sulfation/acetylation pattern, 
which was shown to be specifi c for the Fucales (Fig.  1a ) and a linear 
backbone of 3-linked 2,4-disulfated α- L -Fuc p , which was shown to 
be characteristic for Laminariales (Fig.  1b ). These structures have 
been elucidated using the “classic” methods of carbohydrate chem-
istry such as desulfation, Smith degradation and methylation analy-
sis [ 9 ] and NMR.  

 The approach for the analysis of fucoidan (a galactofucan from 
the brown alga  Saccharina  ( Laminaria )  gurjanovae ) through mass 
spectrometric investigation of its fragments, obtained following a 
solvolytic desulfation reaction was employed by our group for the 
fi rst time [ 10 ] .  Excess DMSO was removed with repeated co- 
evaporation with MeOH. The galactofucan was additionally 
decomposed by partial acid hydrolysis (0.2 N TFA at 60 °C). 
MALDI-TOF analysis of the fragments revealed galactooligosac-
charides and “hybrid” oligosaccharides, composed of fucose and 
galactose. Unfortunately, the conditions initially selected were too 
severe to allow preservation of the sulfate groups (desulfation con-
ditions) and the instrument was unable to operate in MS/MS 

a b

  Fig. 1    Structures of main chain of fucoidans, characteristic to ( a ) Fucales, ( b ) Laminariales species of 
brown alga       
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mode to obtain structural data. Recent data [ 11 ] confi rm that the 
fucan part of the galactofucan from  S. gurjanovae  is characteristic 
of Laminariales (Fig.  1b ). 

 The fi rst systematic mass spectrometric (ESIMS/MS) elucida-
tion of the structural features of oligosaccharides, derived from 
sulfated fucan of the brown alga  Ascophyllum nodosum  by mild acid 
hydrolysis (0.75 mM H 2 SO 4  at 60 °C) was done by [ 12 ]. The 
fucoidan was previously shown to contain highly branched core 
region with primarily 3-linked α- L -Fuc p  residues and few α-(1 → 4) 
linkages, branch points were at position 2 of the internal 3-linked 
α- L -Fuc p  residues [ 13 ]. The work [ 12 ] was based on previous 
investigations of the ESIMS/MS fragmentation patterns of posi-
tional isomers of sulfated fucose [ 14 ] and hexoses [ 15 ,  16 ] and 
fragments from heparin [ 17 ] and chondroitin [ 18 ]. It was con-
fi rmed that the formation of characteristic  0.2 A-/ 0.2 X-ions during 
negative-ion CID MS/MS requires an available proton at the C-3 
hydroxyl group (following the nomenclature introduced by [ 19 ], 
Fig.  2 ). Hence, these observations indicated that no cross-ring 
cleavages during CID ESIMS/MS of 3-linked disaccharides could 
occur. The availability of mobile protons (at the glycosidic 
OH-group) is also essential [ 14 ,  20 ] for the production of the 
cross-ring cleavages, which provide information of both the sulfate 
position and linkage type.  

 The solvolytic desulfation conditions for decomposition of 
fucoidan were implemented on the brown alga  Fucus evanescens  
[ 21 ]. This fucoidan was already shown [ 22 ] to contain a linear 
backbone of alternating (Fig.  1a ) 3- and 4-linked α- L -Fuc p -2-
sulfate residues. Additional sulfate occupied position 4 in a part of 
3-linked fucose residues, which was elucidated by the “classic” 
methods of carbohydrate chemistry and NMR. We used both the 
MALDI-TOFMS and ESIMS/MS (with TOF analyzer, which 
gives great sensitivity and accuracy) techniques to observe minor 

  Fig. 2    Nomenclature for the fragmentation of glycoconjugates, suggested by [ 19 ]       
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constituents of  F. evanescens,  which were also found in monosac-
charide composition by [ 22 ], but it was impossible to observe their 
exact positions by the classic approach. The fragments were identi-
fi ed by ESIMS/MS: Xyl-(1 → 4)-Fuc, Gal-(1 → 4)-Fuc, Gal-
(1 → 4)-Gal-(1 → 4)-Fuc, Gal-(1 → 4)-Gal. Fucose, galactose, and 
xylose residues were shown to be mainly 2- O -sulfated with traces 
of 4- O -sulfation. Glucuronic acid was also found as a part of non- 
sulfated fucooligosaccharides: Fuc-(1 → 3)-GlcA, Fuc-(1 → 4)-Fuc-
(1 → 3)-GlcA, Fuc-(1 → 3)-Fuc-(1 → 4)-Fuc-(1 → 3)-GlcA [ 21 ]. 

 Although the solvolytic desulfation reaction produced oligo-
saccharides suitable for MS analysis, we were unable to change its 
parameters and sulfates were mostly lost. It was noticed that dry 
highly dialyzed fucoidan samples at high moisture (relative humid-
ity over 80 %) spontaneously decomposed almost entirely to fucose 
monomer. It was clear that polysaccharide hydrolysis was initiated 
by the –SO 3 H groups of the compound as the source of acid and 
the term “autohydrolysis” fi rst applied to carrageenan decomposi-
tion [ 23 ] was also used for fucan decomposition. We investigated 
the autohydrolysis of highly sulfated fucan samples from the brown 
algae  F. evanescens  and  Saccharina cichorioides  (3-linked 
2,4- disulfated α- L -fucan [ 24 ]) and we found reproducible condi-
tions for the depolymerization of these fucans with known struc-
tures, which were also determined by independent methods. The 
autohydrolysis must be carried out at 5 mg/mL of a polysaccharide 
concentration at 25–37 °C for 48–72 h that gives reproducible 
results and allows the absence of unwanted sulfate rearrangement 
effects [ 25 ], but these conditions are still suffi ciently strong to 
cause cleavage of hybrid oligosaccharides (GalFuc, for example; 
[ 26 ]), which are not yielded by other techniques [ 22 ]. 

 The results of the mass spectrometric investigation on  S. cicho-
rioides  [ 27 ] by both tandem MALDI-TOF and ESIMS techniques 
were virtually the same. The derivatization through the reduction 
with NaBD 4  was performed to unambiguously assign the fragment 
ions from the reducing and non-reducing termini. Tandem 
MALDI-TOFMS technique (LIFT TOF/TOF in Bruker 
(Germany) implementation) was found to be more convenient for 
the analysis of complex mixtures of poly-sulfated monosaccharides 
and oligosaccharides, since only singly-charged ions are observed. 
But, ESIMS was found to be more sensitive and allow the observa-
tion of minor fragments containing uronic acids, which were invis-
ible with MALDI-TOFMS, as highlighted recently in a study on 
the brown alga  Costaria costata  [ 28 ]. 

 By using the MS/MS technique it is possible to unambigu-
ously distinguish the sulfate position in a monosaccharide (except 
for sulfates at C-4 and at C-6 of hexoses where MS 3  experiment is 
required [ 16 ]), and (1 → 3)-, (1 → 2)- and (1 → 4)-type of linkages 
in disaccharides [ 12 ,  22 ,  26 – 28 ]. The positions of sulfate groups 
could be found for all linkage types with the exception of (1 → 3), 
because of the cross-ring cleavage restriction. The sulfation at C-3 
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is also hard to elucidate. The MS sequences of oligosaccharides 
with higher degrees of polymerization are much more complicated 
and not well enough studied. Thus, only tandem mass spectra of 
monosaccharides and disaccharides are presented and discussed 
here in detail.  

2    Materials 

 Prepare all solutions using ultrapure water (prepared by purifying 
deionized water to attain a sensitivity of 18 MΩ cm at 25 °C) and 
reagents at least analytical grade. Prepare and store all reagents at 
room temperature (unless indicated otherwise). 

       1.    Fucoidan solution for depolymerization by autohydrolysis: 
dissolve 50 mg of the fucoidan sample in 1 mL of water.   

   2.    Amberlite CG-120, 200–400 mesh. Use 5 mL minicolumn.   
   3.    0.1 M HCl: pour 50 mL of water into the volumetric fl ask. 

Add 90 μL of conc. HCl. Bring the solution volume up to 
100 mL with water.   

   4.    2.5 % NH 4 OH solution: pour 9 mL of water into the volumet-
ric fl ask. Add 1 mL of 25 % aqueous ammonia (v/v).      

       1.    Reducing solution: NaBD 4  solution: 2 mg/mL solution of 
NaBD 4  reagent (Sigma, USA) in water. Add 2 mg of NaDB 4  
into a 2.5 mL vial. Add 1 mL of water ( see   Note 1 ).   

   2.    Acetic acid.   
   3.    Methanol.      

       1.    Working solution for ESIMS experiment: acetonitrile–water 
(1:2, v/v): mix 660 μL of water with 330 μL of acetonitrile in 
a 2.5 mL vial.      

       1.    Working solution for ESIMS experiment: acetonitrile–water 
(1:2, v/v): mix 660 μL of water with 330 μL of acetonitrile in 
a 2.5 mL vial.   

   2.    MALDIMS matrices: DHB/SDHB (Sigma, USA) matrix 
solution: 10 mg/mL solution of 2,5-dihydroxybenzoic acid 
( see   Note 2 ). Add 1 mg of matrix into a 600 μL vial. Add 1 mg 
of  L -fucose to reduce the in-source fragmentation [ 26 ]. Add 
100 μL of the working solution for ESIMS. Mix with a shaker 
until the components are fully dissolved.   

   3.    Arabinoosazone (phenylosazone of  D -arabinose [ 30 ]) matrix 
solution: 10 mg/mL solution of arabinoosazone. Add 1 mg of 
matrix into a 600 μL vial. Add 1 mg of  L -fucose. Add 100 μL 
of acetone–water solution (1:3, v/v). Mix with shaker until 
the components are fully dissolved.       

2.1  Autohydrolysis 
of Fucoidans 
(Depolymerization 
Technique)

2.2  Reduction 
of Oligosaccharides

2.3  Negative-Ion 
ESIMS 
of Oligosaccharides

2.4  Negative-Ion 
MALDI-TOFMS 
of Oligosaccharides
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3    Methods 

       1.    Set up a cation exchange minicolumn with cation exchange 
resin (Amberlite CG-120, 200–400 mesh).   

   2.    Charge the resin with 10 mL 0.1 M HCl.   
   3.    Wash with 15 mL of water.   
   4.    Carefully load the fucoidan solution (working concentration 

of 5 mg/mL) for autohydrolysis onto the column.   
   5.    Eluate oligosaccharides with 10 mL of water into a plastic tube 

( see   Note 3 ).   
   6.    Place the eluant in a temperature-controlled chamber for 

48–72 h at 37 °C.   
   7.    Neutralize with 2.5 % NH 4 OH solution.   
   8.    Evaporate under vacuum or freeze-dry.      

       1.    Prepare 1 mL of the reducing solution.   
   2.    Dissolve 1 mg of oligosaccharides in the reducing solution.   
   3.    Leave at 4 °C overnight.   
   4.    Add 100 μL of 100 % acetic acid.   
   5.    Repeat  step 4  until the solution becomes neutral.   
   6.    Evaporate under vacuum.   
   7.    Add 1 mL of MeOH.   
   8.    Evaporate under vacuum.   
   9.    Repeat  steps 7  and  8  three times to remove the boric acid 

formed during the reaction.      

         1.    Prepare the oligosaccharides by autohydrolysis. Dissolve the 
sample in the working solution for ESIMS analysis at a con-
centration of 1 mg/mL.   

   2.    Prepare 100–300 μL of the diluted sample in the separate vials 
(1:100 and 1:1,000). Use the working solution for ESIMS for 
dilution.   

   3.    Set up the instrument: use the standard settings for the 
negative- ion mode. Set the fragmentor voltage (if present) to 
160–170 V.   

   4.    Introduce the sample into the ESIMS instrument using direct 
injection at a fl ow rate of 5 μL/min.   

   5.    Record mass spectra. Adjust the fragmentor voltage (if pres-
ent) to maximize the signal of oligosaccharides and minimize 
the intensities of the fragment ions at  m / z  97 (sulfate anion), 
225 [FucSO 3 -H 2 O] −  and other signals, indicating the loss of 
water molecules (M-18).   

3.1  Autohydrolysis 
of Fucoidans 
(Depolymerization 
Technique)

3.2  Reduction 
of Oligosaccharides

3.3  Negative-Ion 
ESI-MS of 
Oligosaccharides

3.3.1  Preliminary 
Investigation of the Mixture 
Content
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   6.    Try different concentrations of the sample to reach maximal 
signal-to-noise ratio.   

   7.    Fill up a table with  m / z  values, charge state and a composition 
of the oligosaccharide mixture. An example is given in Table  1 , 
left column.

              1.    Switch into a CID MS/MS mode.   
   2.    Set CID energy to 10 V.   
   3.    Set the isolation window to 1.3 mass units for singlycharged 

ions or 4 mass units for multiply charged ions ( see   Note 4 ).   
   4.    Equilibrate the abundance of the parent ion and the fragment 

ions by adjusting CID energy.   
   5.    Record MS/MS spectra.       

         1.    Prepare 10 μL of the sample of oligosaccharides in the work-
ing solution for ESIMS experiment at a concentration of 
10 mg/mL for DHB/SDHB matrix and 0.1–0.01 mg/mL 
for arabinoosazone matrix ( see   Note 5 ).   

   2.    Sample introduction for DHB/SDHB matrix: mix 1 μL of the 
sample and 1 μL of the matrix in the vial. Apply 1 μL of the 
mixture onto a target. Evaporate the droplet by the air.   

3.3.2  CID MS/MS Mode

3.4  Negative-Ion 
MALDI-TOFMS 
of Oligosaccharides

3.4.1  Preliminary 
Investigation of the Mixture 
Content

    Table 1  
  The (partial) composition of the autohydrolysis mixture, obtained from the 
fucansulfate of the brown alga  Saccharina cichorioides  [ 27 ]   

 ESIMS  MALDIMS 

  m / z   Composition   m / z   Composition 

 225.01  [FucSO 3 –H 2 O] −   225.0  [FucSO 3 –H 2 O] −  

 231.01  [Fuc 3 (SO 3 ) 3 ] 3−   739.1  [Fuc 3 (SO 3 Na) 3 –Na] −  

 234.01  [Fuc 2 (SO 3 ) 2 ] 2−   491.0  [Fuc 2 (SO 3 Na) 2 –Na] −  

 243.02  [FucSO 3 ] −   243.0  [FucSO 3 ] −  

 279.70  [Fuc 4 (SO 3 ) 3 ] 3−   885.3  [Fuc 4 (SO 3 Na) 3 –Na] −  

 298.04  [Fuc 3 (SO 3 ) 2 –H 2 O] 2−   619.1  [Fuc 3 (SO 3 Na) 2 –H 2 O–Na] −  

 307.04  [Fuc 3 (SO 3 ) 2 ] 2−   637.1  [Fuc 3 (SO 3 Na) 2 –Na] −  

 328.38  [Fuc 5 (SO 3 ) 3 ] 3−   –  Not observed 

 344.96  [Fuc(SO 3 Na) 2 –Na] −   344.9  [Fuc(SO 3 Na) 2 –Na] −  

 371.07  [Fuc 2 SO 3 –H 2 O] −   371.0  [Fuc 2 SO 3 –H 2 O] −  

 380.07  [Fuc 4 (SO 3 ) 2 ] 2−   783.2  [Fuc 4 (SO 3 Na) 2 –Na] −  

 389.08  [Fuc 2 SO 3 ] −   389.1  [Fuc 2 SO 3 ] −  

Fucoidan Analysis by Tandem MALDI-TOF and ESI Mass Spectrometry
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   3.    Sample introduction for arabinoosazone matrix: apply 1 μL of 
the matrix onto a target. Evaporate a droplet by hair drier/hot 
air. Apply 1 μL of the sample. Repeat evaporation step.   

   4.    Set up the instrument: use the default settings for the negative 
ion refl ector mode of operation ( see   Note 6 ).   

   5.    Record mass spectra using the DHB/SDHB and arabinoosa-
zone matrices as separate experiments. Adjust the laser power 
to maximize the signal of oligosaccharides and minimize the 
intensities of the fragment ions at  m / z  97 (sulfate anion), 225 
[FucSO 3 -H 2 O] −  and other signals, indicating the loss of water 
molecules (M-18). Arabinoosazone gives better sensitivity and 
less fragmentation, SDHB/DHB induces fragmentation but 
gives wider mass range.   

   6.    Populate a table with  m / z  values and composition of the oli-
gosaccharide mixture. An example is given in Table  1 , right 
column ( see   Note 7 ).      

       1.    Switch into MS/MS mode.   
   2.    Set the laser power to minimum.   
   3.    Select the parent ion.   
   4.    Try to get abundant MS of the fragment ions by adjusting 

laser energy.   
   5.    Record MS/MS spectra.       

         1.    Sulfation at C-2 of hexoses ( see   Note 9 ) ( m / z  259), desoxy-
hexoses ( see   Note 10 ) ( m / z  243) and, most likely, pentoses 
( see   Note 11 ) ( m / z  229) gives an abundant signal at  m / z  
138.9 ( 0.2 X) from the cross-ring cleavage. The abundant 
[M-H 2 O] signal at  m / z  [M-18] also serves as an indicator of 
the sulfation at C-2 [ 14 ,  16 ].   

   2.    Sulfation at C-4/C-6 of hexoses gives fragment ion at  m / z  
198.9 ( 0.2 A) ( see   Note 12 ). Desohyhexose gives fragment ion 
at  m / z  180.9. Pentose gives fragment ion at  m / z  166.9.   

   3.    Sulfation at C-3 prevents dissociation with the ring-opening. 
However, the presence of the  0.3 X-type ion at  m / z  168.9 may 
suggest the sulfation at C-3 [ 14 ] ( see   Note 13 ).      

       1.    Record MS/MS of the corresponding alditol derivative ( see  
 Note 14 ).   

   2.    Record MS/MS of the native (underivatized) biose ion. The 
Y-type ions from the cleavages of fucose residues have  m / z  
243 ( see  Figs.  2 ,  3 ,  4 ,  5 , and  6 ). The additional sulfate group 
gives +102 Da (+SO 3 Na—H;  see  Figs.  4  and  6 ;  see   Note 15 ).       

   3.    The ions, having no shift in MWs are assumed to be C-type 
ions ( see   Note 16 ).   

3.4.2  MS/MS Mode

3.5  Interpretation 
of Tandem Mass 
Spectra ( See   Note 8 )

3.5.1  MS/MS of Singly 
Sulfated Monosaccharides

3.5.2  MS/MS of Sulfated 
Fucobioses
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   4.    The fragment ions, having MWs lower than Y-type ions by 18, 
are B-type ions ( see  Figs.  3 ,  4 ,  5 , and  6 ). Usually, they have 
maximum intensity if sulfate is spatially close to the glycosidic 
linkage, which causes easier cleavage. High intensity of B 1 -type 
ion at  m / z  225 suggests that fucose residue on non-reducing 
terminus is likely sulfated at C-2 ( see  Figs.  2 ,  3 ,  4 , and  5 ).   

  Fig. 3    Negative-ion CID ESIMS/MS of disulfated fucobiose at  m / z  234.011. The fragment was obtained by 
autohydrolysis of fucoidan from brown alga  Saccharina cichorioides . Reproduced from [ 27 ] with permission 
from Elsevier       

  Fig. 4    Negative-ion tandem MALDI-TOFMS of disulfated fucobiose at  m / z  491.0. 
The fragment was obtained by autohydrolysis of fucoidan from brown alga 
 Saccharina cichorioides . Reproduced from [ 27 ] with permission from Elsevier       
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   5.    Poly-sulfated oligosaccharides give [M-120] fragment ion in 
both tandem ESIMS and MALDI-TOFMS ( see   Note 17 ).   

   6.    The fucoidan fragment is assumed to be (1 → 4)-linked if MS/
MS exhibits intensive signals of  0.2 A-type of fragment ions 
(Fig.  6 ) and (1 → 4)-linked if fragment ions are weak (Figs.  2 , 
 3 ,  4 , and  5 ) ( see   Note 18 ).   

   7.    The presence of (1 → 2)-type of linkage could suggest [ 12 ,  13 , 
 28 ] high intensity of  0.2 X-type fragment ions (Fig.  7 ).         

  Fig. 5    Negative-ion tandem MALDI-TOFMS of the monosulfated fucobiose at  m / z  389.1. The fragment was 
obtained by autohydrolysis of fucoidan from brown alga  Fucus evanescens        

  Fig. 6    Negative-ion tandem MALDI-TOFMS of the disulfated fucobiose at  m / z  491.0. The fragment was 
obtained by autohydrolysis of fucoidan from brown alga  Fucus evanescens . Reproduced from [ 26 ] with per-
mission from Elsevier       
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4    Notes 

     1.    Add water very carefully as NaDB 4  is hygrophobic.   
   2.    SDHB (sold as “super” DHB) is a mixture of DHB 

(2,5- dihydroxybenzoic acid) and 2-hydroxy-5- 
methoxybenzoic acid. The mixture of these organic acids gives 
fi ner crystallization than DHB alone.   

   3.    Avoid using glass tubes. Otherwise K +  will give unwanted sig-
nals in mass spectra.   

   4.    MS/MS spectra of multiply charged ions must contain native 
isotope patterns to distinguish the charge state of the ion. 
Charge state = 1/(distance between  12 C and  13 C isotope MWs).   

   5.    Arabinoosazone matrix works better in MW range of 
100 Da–1.5 kDa. DHB/SDHB matrices work better in higher 
MW range from 500 Da to 4 kDa (or more) [ 29 ].   

   6.    For Bruker ULTRAFLEX-III (Germany) use the following 
settings: accelerating voltage 25 kV; laser power 30 μJ; pulse-
width 6 ns; number of shots 100; laser shot rate 66 Hz.   

  Fig. 7    Negative-ion tandem MALDI-TOFMS of the “hybrid” disulfated biose at  m / z  507.0. The fragment was 
obtained by autohydrolysis of fucoidan from brown alga  Fucus evanescens . Reproduced from [ 26 ] with per-
mission from Elsevier       
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   7.    ESIMS is a more sensitive technique for minor components, 
especially if these components are purifi ed. MALDI-TOFMS is 
more suitable for direct analyses of mixtures. Calculations of 
MWs; for example, disulfated fucobiose (for MALDI- TOFMS): 
146 (MW of fucose) + 146 + 18 (MW of the reducing termi-
nus) + 102 (−H + SO 3 Na) + 102–23 (Na + ) = 491. ESIMS: (491–
23 (remove second Na + ))/number of sulfates (2 here) = 234.   

   8.    Use of the software for automatic calculation of MWs of the 
fragments is highly recommended. The interpretation is given 
for singly charged variants to simplify calculations.   

   9.    Galactose (Gal), mannose (Man), glucose (Glc), etc. are hex-
oses (C 6 H 12 O 6 ).   

   10.    Fucose (Fuc), rhamnose (Rha), etc. are 6-desoxyhexoses 
(C 6 H 12 O 5 ).   

   11.    Xylose (Xyl) is a pentose (C 5 H 10 O 5 ).   
   12.    The differentiation between sulfation at C-6 and C-4 requires 

the MS 3  technique [ 16 ].   
   13.    The signal at  m / z  168.9 was not observed for the oligosac-

charides from  F. evanescens , but sulfation at C-3 was found in 
other Fucales, e.g.,  Silvetia babingtonii  by MS/MS [ 31 ] and 
in  Fucus serratus  [ 32 ] and  Fucus distichus  [ 33 ] by independent 
methods.   

   14.    Reduction with NaBH 4  or NaBD 4  gives a +2 or a +3 Da shift 
in MW, respectively (if singly charged).   

   15.    Calculation is made for singly charged “sodiated” ions for 
MALDI-TOFMS.   

   16.    Y- and C-type ions have the same MWs as unfragmented by 
MS/MS oligosaccharides. The shift in MW allows distinguish-
ing between them. It was shown on carrageenans [ 34 ] that the 
product ion spectra of [M-Na] −  (where M represents the 
sodium salt of oligosaccharides) featured an extensive series of 
B- and C-type glycosidic cleavages, whereas the Y-type cleav-
age occurred mainly at the C-4 sulfated residues. However, in 
the case of fucoidans and carrageenans, fragment ions of the 
C-type are almost invisible and ions of the B-type are pre-
dominating [ 26 – 28 ]. If abundant Y-ion is observed, it could 
suggest C-4 sulfation of the corresponding sugar residue [ 34 ].   

   17.    The spatially close sulfate groups may cause spontaneous in- 
source desulfation, appearing as [M-NaSO 4  + H] −  ion (loss of 
120 Da) in mass spectrum.   

   18.    As the primary backbone of a fucoidan from  F. evanescens  was 
shown [ 22 ] to be composed of 2-, 2,4- and sometimes 
4- sulfated alternating (1 → 3)- (Figs.  1a  and  4 ) and 
(1 → 4)-linked (Fig.  5 ) α- L -Fuc p  residues, the oligosaccharides 
were found to be “tailored” by 2-desulfation in 4-linked fucose 
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residues on the reducing end, probably due to the selective 
cleavage effect [ 35 ]. On the other hand, initially more heavily 
sulfated (3-linked and 2,4-disulfated) α- L -fucan from  S. cicho-
rioides  [ 24 ] was decomposed with excess desulfation    [36], but 
its main building block (2,4-disulfate of α- L  - Fuc p   ) and 3-linked 
fucooligosaccharides of the main chain were clearly observed 
by both tandem ESIMS and MALDI- TOFMS [ 27 ].         
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    Chapter 20   

 Determination of Substitution Patterns of Galactans 
from Green Seaweeds of the Bryopsidales 

           Paula     Ximena     Arata    ,     Paula     Virginia     Fernández    , and     Marina     Ciancia    

    Abstract 

   Sulfated and pyruvylated galactans are the major soluble polysaccharides produced by seaweeds of the 
Bryopsidales. Their backbones have a complex and variable pattern of substitution which, until now, has 
only been elucidated for a few species. Methods for determination of sulfate and pyruvic acid content, and 
chemical strategies to determine their position in the galactan chain are outlined here. These methods can 
also be applied to other sulfated and/or pyruvylated polysaccharides.  

  Key words     Bryopsidales  ,   Green seaweed  ,   Methylation analysis  ,   Polysaccharide structure  ,   Pyruvic acid 
ketal  ,   Sulfated polysaccharide  ,   Structure of galactans  ,   Sulfate content  

1      Introduction 

 The Bryopsidales comprise coenocytic seaweeds which synthesize 
different types of sulfated polysaccharides in small quantities [ 1 ,  2 ]. 
Purifi cation of these types of polysaccharides is a diffi cult task; it is 
usually carried out by anion exchange chromatography [ 3 – 6 ]. In 
some cases, sulfated and pyruvylated galactans can be separated 
from sulfated arabinans by precipitation of the latter with potas-
sium chloride and recovery of the former from the supernatant [ 4 ]. 
Galactans from  Codium  species have been studied in detail [ 1 ,  3 ,  4 , 
 7 – 10 ], and now galactans obtained from some other genera are 
under study ([ 5 ,  6 ]).  Codium  produces 3-linked β- D -galactans 
with ramifi cations on C-6 and terminal β- D -galactopyranose units 
with pyruvic acid ketal linked to  O -3 and  O -4 ( S -confi guration) as 
major structural features [ 3 ,  8 – 10 ]; galactans from  Bryopsis  are 
quite similar [ 6 ]. Sulfation occurs mainly on C-4 and some of the 
3-linked galactose units, while other units are substituted by pyru-
vic acid ketals linked to  O -4 and  O -6 ( R -isomer) (Fig.  1 ). 
Percentages of the different structural units, as well as degree of 
ramifi cation, vary greatly with species and isolation procedure. 
Caribbean calcareous species of this order, including  Penicillus  
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spp.,  Halimeda  spp., or  Udotea  spp., also synthesize such galac-
tans, but the substitution pattern seems to be quite different [ 5 ]. 
Due to the importance of these structural characteristics in defi n-
ing the biological properties of these compounds, it is of great 
interest to determine them and compare their activities, which may 
lead to the design of new drugs with special features [ 2 ,  11 ].  

 In this chapter we describe methods for the determination of 
sulfate and pyruvate content. In addition, determination of position 
of these substituents, which is usually carried out by methylation 
analysis and desulfation-methylation and/or depyruvylation-meth-
ylation or combinations of these procedures, is described. Although 
NMR spectroscopy is a very powerful tool for structural determina-
tion, spectra of these galactans are very complex, and can only be 
resolved with the aid of chemical methods, and usually only partial 
assignment is achieved. Besides, NMR spectra can be used in a 
simple way to determine the presence of pyruvic acid ketals and, 
when both ketal types are present, the ratio between them [ 12 ]. Of 
course these methods could be employed to determine these sub-
stituents in polysaccharides of other sources.  

2    Materials 

 All solutions are prepared using distilled water and analytical grade 
reagents. 

       1.    1 M hydrochloric acid (HCl): pour 4.17 mL of 12 M HCl and 
make up to 50 mL with distilled water.   
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   2.    3 % w/v trichloroacetic acid (TCA): dissolve 3 g in distilled 
water and make up to 100 mL. Store at 4 °C.   

   3.    Barium chloride-gelatin reagent: dissolve gelatin (200 mg) ( see  
N ote 1 ) in 40 mL of hot double-distilled water (60–70 °C) 
and allow it to stand at 4 °C for at least 6 h and preferably 
overnight. Dissolve barium chloride (200 mg) in the semi-
gelatinous fl uid and leave the resultant cloudy solution stand-
ing for 2–3 h before use ( see  N ote 2 ).   

   4.    Anhydrous sodium sulfate.   
   5.    2 M trifl uoroacetic acid (TFA): take 15.4 mL of pure TFA 

(density: 1.48 kg/L, MW: 114.02 g/mol) and make up to 
100 mL with distilled water.   

   6.    1.8 mM sodium carbonate (Na 2 CO 3 ): add 190.8 mg of 
Na 2 CO 3  to 1 L of distilled water (MW: 105.9885 g/mol).   

   7.    1.7 mM sodium bicarbonate (NaHCO 3 ): add 142.8 mg of 
NaHCO 3  to 1 L of distilled water (MW: 84.004 g/mol).   

   8.    An ion exchange chromatography system such as DIONEX 
DX-100 system with an AS4A column (4 × 250 mm), an 
AMMS-II micro-membrane suppressor and a conductivity 
detector (eluent: 1.8 mM Na 2 CO 3 /1.7 mM NaHCO 3  v/v, 
fl ow rate: 2 mL/min).   

   9.    Spectrophotometer.      

       1.    0.02 M oxalic acid: dissolve 252.2 mg of oxalic acid in distilled 
water and make up to 100 mL (MW: 126.1 g/mol dihydrate) 
Store at 4 °C.   

   2.    0.75 M sulfuric acid (H 2 SO 4 ): pour 2.1 mL of 17.8 M H 2 SO 4  
and make up to 50 mL with distilled water. Store at 4 °C.   

   3.    2 M HCl: pour 1.67 mL of conc. HCl and make up to 10 mL 
with distilled water.   

   4.    2,4-Dinitrophenylhydrazine (DNFH)/2 M HC1 (w/v): add 
10 mg of 2,4 DNFH to 2 M HCl up to 10 mL ( see   Note 3 ).   

   5.    Ethyl acetate.   
   6.    10 % w/v Na 2 CO 3 : add 10 g of sodium carbonate (MW: 

105.9885 g/mol) to distilled water and make up to 100 mL.   
   7.    Pyruvic acid.   
   8.    Spectrophotometer.      

       1.    Amberlite IR120 (H + ) resin (6 cm × 0.7 cm i.d.;  see   Note 4 ).   
   2.    5 % triethylammonium chloride solution (w/v): add 5 g of salt 

(MW: 137.65 g/mol) to distilled water and make up to 100 mL.   
   3.    Dimethyl sulfoxide (DMSO;  see   Note 5 ).   
   4.    Sodium hydroxide (NaOH) reagent grade, ≥98 %, pellets 

(anhydrous).   

2.2  Pyruvic Acid 
Content

2.3  Methylation

Substitution Patterns of Galactans
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   5.    Iodomethane (CH 3 I), purum, ≥99.0 % (GC). Store at 4 °C.   
   6.    Dialysis membrane of 3,500 molecular weight cutoff.      

       1.    Amberlite IR120 (H + ) resin (6 cm × 0.7 cm i.d.;  see   Note 4 ).   
   2.    5 % w/v pyridinium chloride: add 5 g of salt (MW: 115.56 g/

mol) to distilled water and make up to 100 mL.   
   3.    Dimethyl sulfoxide (DMSO;  see   Note 5 ).   
   4.    Pyridine (anhydrous).   
   5.    A domestic microwave oven (1,200 W, operating at 2,450 MHz).   
   6.    Threaded Tefl on 50 mL tubes with screw caps ( see   Note 6 ).   
   7.    Dialysis membrane of 3,500 Da molecular weight cutoff.      

       1.    1 % w/v acetic acid: pour 1 mL of acetic acid and make up to 
100 mL with distilled water. Store at 4 °C.   

   2.    Saturated solution of sodium bicarbonate. Solubility in water 
96 g/L (20 °C), keep adding until a precipitate is observed.   

   3.    Dialysis membrane with 3,500 Da as molecular weight 
cutoff.      

       1.    Tetramethylsilane (TMS) as external reference.   
   2.    99.9 % deuterated water (D 2 O).   
   3.    Acetone ACS reagent, ≥ 99.5 %.   
   4.    500 MHz  1 H NMR, proton decoupled 125 MHz  13 C NMR 

spectra, and two-dimensional NMR experiments (HMQC and 
COSY) were recorded on a Bruker AM500 at room tempera-
ture. Parameters for  13 C NMR spectra were as follows: pulse 
angle 51.4°, acquisition time 0.56 s, relaxation delay 0.6 s, 
spectral width 29.4 kHz, and scans 25,000. For  1 H NMR 
spectra: pulse angle 76°, acquisition time 3 s, relaxation delay 
3 s, spectral width 6,250 Hz, and scans 32.       

3    Methods 

   Estimation of the ester sulfate content of polysaccharide sulfates 
involves acid hydrolysis, followed by determination of liberated 
inorganic sulfate. Sulfate can be determined turbidimetrically [ 13 ] 
( see   Note 7 ). However, in the case of desulfated samples or samples 
in which the sulfate content is less than 5 %, the error increases 
greatly and the sulfate content is usually overestimated. The pres-
ence of important amounts of proteins in the sample interferes in 
the determination. In these cases, ion chromatography with con-
ductometric detection should be used. An alternative would be the 
use of microanalysis. 

2.4  Desulfation

2.5  Removal 
of Pyruvic Acid 
Residues

2.6  NMR 
Spectroscopy

3.1  Sulfate Content
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        1.    Dissolve the polysaccharide (2–3 mg) in necessary amount of 
1 M HCl in order to obtain a solution between 40 and 400 μg 
SO 4 /mL.   

   2.    Heat the sample at 105–110 °C for 4–5 h to hydrolyze the 
polysaccharide. After being cooled, mix the vial containing the 
hydrolyzate before opening.   

   3.    Transfer 0.5 mL to a test tube containing 3.5 mL of 3 % TCA.   
   4.    Add barium chloride-gelatin reagent (1 mL) and, after mix-

ing, keep it at room temperature for 15–20 min.   
   5.    Measure the absorbance of the solution at 360 nm using 

a spectrophotometer against an appropriate reagent blank 
( see   Note 8 ).   

   6.    Prepare calibration curve using anhydrous sodium sulfate (60–
600 μg/mL) ( see  N ote 9 ).      

       1.    Heat the sample (1 mg) in 2 M trifl uoroacetic acid at 120 °C 
for 2 h to hydrolyze the polysaccharide ( see   Note 10 ).   

   2.    Use an ion chromatographic system such as the DIONEX 
DX-100 system with a micromembrane suppressor and a con-
ductivity detector.       

   The percentage of pyruvic acid can be determined according to 
Koepsell and Sharpe [ 14 ].

    1.    Dissolve the polysaccharide (4–5 mg) in 1 mL of 0.02 M 
oxalic acid.   

   2.    Heat the samples at 120 °C for 3 h to hydrolyze the polysac-
charide. After cooling, mix them before opening.   

   3.    Transfer 0.5 mL to a tube containing 1 mL of 0.75 M sulfuric 
acid, and mix.   

   4.    Add 0.5 mL of 2,4-DNFH/HCl reagent, mix and keep at 
room temperature for 15–20 min.   

   5.    Liquid-liquid extraction is needed to eliminate sub products 
of the reaction: add 5 mL of ethyl acetate to the test tubes, 
mix and then discard the lower phase. Add 3 mL of 10 % 
sodium carbonate solution, mix and then discard the upper 
phase.   

   6.    Measure the absorbance at 380 nm using a spectrophotometer 
against distilled water as reagent blank.   

   7.    Prepare a calibration curve using pyruvic acid as standard; this 
technique is valid between 5 and 60 μg/mL.    

      Methylation analysis is an analytical method largely used for struc-
tural studies of polysaccharides. It involves methylation of the free 
hydroxyls in the intact polysaccharide through a bimolecular 

3.1.1  Turbidimetric 
Method

3.1.2  Conductometric 
Method

3.2  Pyruvic Acid 
Content

3.3  Methylation
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nucleophilic substitution (S N 2) reaction in alkali. This reaction, 
usually carried out with iodomethane as methylating agent, gives 
rise to methyl ethers from all the free hydroxyl groups. Cleavage of 
the glycosidic links by hydrolysis and derivatization of the partially 
methylated monosaccharides is then needed to analyze the meth-
ylation pattern by gas chromatography–mass spectrometry. Several 
methods have been developed to allow the monosaccharide com-
ponents and positions of the glycosidic linkages to be studied in 
the original polysaccharide [ 15 ]. Classical techniques [ 16 – 19 ] have 
been revised and compared [ 20 ] in order to obtain a rapid method 
for simultaneous identifi cation of furanosides and pyranosides in 
heteropolysaccharides.

    1.    Use the Amberlite IR 120 resin to convert the polysaccharide 
(5–10 mg) into the corresponding triethylammonium salt to 
ensure solubility in DMSO: wash the column with distilled 
water (50 mL), then activate the resin with the 5 % triethylam-
monium solution (10 mL) and wash again with distilled water 
(50 mL). Dissolve the sample in a small volume of distilled 
water (1–2 mL). Use distilled water (~10 mL) for elution of 
the sample. Use the phenol–sulfuric acid method [ 21 ] to 
ensure all sample is eluted. Freeze-dry the sample and store 
dry, at room temperature [ 18 ].   

   2.    Dissolve the sample in DMSO (1 mL) to give a 5 mg/mL solu-
tion; magnetic stirring must be kept at all times ( see   Note 11 ).   

   3.    Add 100 mg of fi nely powdered anhydrous NaOH to the 
solution ( see   Note 12 ), and stir for 60 min.   

   4.    Add 0.5 mL of iodomethane in a cold bath maintaining the 
magnetic stirring. Allow the reaction to proceed at room tem-
perature for 30 min ( see   Note 13 ).   

   5.    Some samples need  steps 3  and  4  to be repeated to achieve 
permethylation.   

   6.    Stop the reaction by adding 10 mL of water and stir for an 
additional interval of 10 min.   

   7.    Recover the methylated derivative by dialysis and lyophiliza-
tion ( see   Note 14 ).   

   8.    The methylated samples can be derivatized in the same way as 
the parent polysaccharides for GC/MS analysis ( see   Note 15 ).    

     The reaction can be carried out by the microwave-assisted solvo-
lytic method with DMSO described by Navarro et al. [ 22 ]. 
Sulfated polysaccharides are desulfated by heating their pyridin-
ium salts dissolved in DMSO in a standard domestic microwave 
oven. When their pyridinium salts are generated in carefully cho-
sen conditions, desulfation proceeds smoothly after 1 min heating, 
leading to a removal of 80–90 % of the original sulfate present in 
the case of these sulfated galactans. Some depolymerization may 

3.4  Desulfation
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occur, but its effect is moderate (yields of the recovered products 
are 60–90 %, considering the sulfate loss), even for polysaccharides 
with labile bonds. Here, an in situ methylation procedure is cou-
pled with this desulfation method in order to facilitate the retrieval 
of structural data.

    1.    Convert the polysaccharide (20–50 mg) to the pyridinium salt 
using the Amberlite IR 120 resin: wash the column with dis-
tilled water (50 mL), then activate it with the 5 % pyridinium 
chloride solution (10 mL) and wash again with distilled water 
(50 mL). Dissolve the sample in a small volume of distilled 
water (1–2 mL). Use distilled water (~10 mL) for elution of 
the sample. Use phenol–sulfuric acid method [ 21 ] to ensure 
the entire sample is eluted. Add immediately drops of pyridine 
to the eluate until the pH becomes neutral, and then freeze-
dry the solution.   

   2.    Dissolve the pyridinium salt of the polysaccharide in dry 
DMSO (10 mL) containing 2 % dry pyridine.   

   3.    Treat the mixture for 1 min in the microwave using the Tefl on 
tube. Total time of reaction is divided in six steps of microwave 
heating (10 s), followed by opening the vessel and cooling 
(50–60 °C) in an ice-bath to relieve the pressure ( see   Note 16 ).   

   4.    Allow the reaction mixture to cool in an ice-bath; for in situ 
methylation, separate an aliquot (3 mL) and methylate it as 
described in Subheading  3.3 .   

   5.    Add distilled water to the remaining solution up to 25 mL and 
dialyze the resulting mixture against tap water and then dis-
tilled water, and freeze-dry.    

     Removal of pyruvic acid residues from polysaccharides is performed 
according to Bilan et al. [ 8 ].

    1.    Dissolve the sample (25 mg) in a hydrolysis vial using 1 % ace-
tic acid (5 mL).   

   2.    Keep the vial at 100 °C for 4 h.   
   3.    Allow the reaction mixture to cool and then neutralize it with 

a saturated solution of NaHCO 3 .   
   4.    Dialyze the product against tap water and then distilled water, 

and freeze-dry it.    

     The samples (20 mg) were exchanged in 99.9 % D 2 O (0.5 mL) four 
times. Chemical shifts were referenced to internal acetone ( δ  CH3  
2.175/31.1). Chemical data can be supported by NMR spectros-
copy which can also detect the presence of pyruvic acid ketals in the 
galactan. Moreover, linkage position of pyruvic acid substituent to 
galactose can be clearly established. Pyruvic acid ketal in terminal 
3,4- O -(1′-carboxy)ethylidene- D -galactopyranose ( S -confi guration) 

3.5  Removal 
of Pyruvic Acid 
Residues

3.6  NMR 
Spectroscopy
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units and 3-linked 4,6- O -(1′-carboxy)ethylidene-D   - galactopyranose 
( R -confi guration) units give very distinct  δ  values, namely,  δ  CH3  
1.42/26.0 and 1.61/24.1, respectively, and  δ  for the quaternary 
carbon at  δ  108.8 and 101.6, respectively (with reference to inter-
nal acetone,  δ  CH3  2.12/31.2; Fig.  2 ). The ratio between units sub-
stituted in any of both positions can be determined by integration 
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  Fig. 2     13 C NMR spectra and detail of the HMQC of the sulfated and pyruvylated 
galactans from  Codium vermilara , where pyruvic acid mostly gives terminal 
3,4- O -(1′-carboxy)ethylidene- D -galactopyranose units ( a ) and  Bryopsis plumosa , 
where only 3-linked 4,6- O -(1′-carboxy)ethylidene- D -galactopyranose units were 
detected ( b ). The diagnostic signals for pyruvic acid ketals are indicated       
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of the signals at  δ  H  1.42 and 1.61 in the  1 H NMR spectrum of the 
galactan [ 12 ]. In addition, this substituent produces a shift of the 
signal of C-6 of the 3-linked β-D - galactopyranose units to lower 
fi elds (from  δ  61.8 in non-substituted residue, to  δ  65.8 when this 
sugar is 4,6-pyruvylated) and a shift to lower fi elds of the signal cor-
responding to C-5 (from  δ  75.5 in the non-substituted sugar, to  δ  
66.8 in the 4,6-pyruvylated unit). These peaks appear in a region of 
the spectrum with very few signals and are very easily distinguished 
(Fig.  2 ; [ 6 ]).    

4    Notes 

     1.    Some gelatins contain excessive amounts of SO 4  2−  ions. Gelatin 
for microbiology (Merck) proved to be satisfactory in all 
respects.   

   2.    This reagent (barium chloride-gelatin) can be stored at 4 °C 
and it is stable for about 1 week.   

   3.    Sonication may be necessary for complete dissolution.   
   4.    Amberlite IR120 (H + ) is a gel type strongly acidic cation 

exchange resin of the sulfonated polystyrene type. Any other 
resin with the same characteristics can be used.   

   5.    DMSO must be anhydrous, dry by previous addition of acti-
vated molecular sieves to the bottle.   

   6.    Closed-vessel reaction can be carried out in home-made Tefl on 
tubes with screw caps, manufactured from 42 mm (tube) and 
52 mm (cap) rods, with tube walls 5 mm thick.   

   7.    An alternative is the colorimetric method of Terho and Hartiala 
[ 23 ] which allows determination of linked and inorganic sul-
fate separately. This is important when the polysaccharides 
form aggregates containing inorganic salts, which could 
include inorganic sulfate.   

   8.    1 M HCl is used as blank and for preparing calibration curve 
solutions.   

   9.    The standard used is Na 2 SO 4  but in the polysaccharide the 
sulfate content is usually in the form NaSO 3 ; therefore a cor-
rection must be done in order to express the percentage of 
sulfate correctly: 

 % sulfate (as NaSO 3 ) = 103/142 × % Na 2 SO 4  with 103 
and 142 the molecular weight of NaSO 3  and Na 2 SO 4 , 
respectively.   

   10.    When hydrolysis is carried out as described in Subheading  3.1.1 , 
the mixture must be evaporated to dryness under nitrogen 
and redissolved in high purity water from a Milli-Q system, as 
HCl could interfere in the chromatogram.   

Substitution Patterns of Galactans



322

        1.    Percival E, McDowell RH (1981) Algal walls – 
composition and biosynthesis. In: Tanner W, 
Loewus F (eds) Plant carbohydrates II, vol 
13B. Springer, Berlin, pp 277–316  

     2.    Fernández PV, Arata PX, Ciancia M (2014) 
Polysaccharides from  Codium  species: chemi-
cal structure and biological activity. Their 
role as components of the cell wall. In: 
Bourgougnon N (ed) Sea plants, vol 71, Adv 
Bot Res. Elsevier, Oxford, pp 253–278  

      3.    Estevez JM, Fernández PV, Kasulin L et al 
(2009) Chemical and  in situ  characterization 
of macromolecular components of the cell 
walls from the green seaweed  Codium fragile . 
Glycobiology 19:212–228  

     4.    Fernández PV, Quintana I, Cerezo AS et al 
(2013) Anticoagulant activity of a unique 
 sulphated pyranosic (1 → 3)-β-L-arabinan 
through direct interaction with thrombin. 
J Biol Chem 288:223–233  

   11.    Anhydrous conditions and good solubilization of the sample are 
essential to obtain a complete methylation of the polysaccharide. 
Mild heating and/or increasing stirring time previous to the 
reaction could be necessary to allow a better solubilization.   

   12.    The NaOH pellets are crushed in order to get a fi ne powder, 
which must be added quickly to avoid absorption of the ambi-
ent humidity. It is not necessary to weigh the powdered 
NaOH, just add a spatula tip to the solution. Powdering 
increases the speed of solubilization of NaOH.   

   13.    The reaction vial must have a needle to allow elimination of 
gases produced during the methylation reaction.   

   14.    It is important to ensure that the remaining CH 3 I is com-
pletely eliminated. It is clearly seen in the dialysis bag as a 
second liquid phase. The dialysis process may take 4–7 days, or 
even more.   

   15.    If acid-labile sugars are present in the sample, a reductive 
hydrolysis/acetylation must be performed to the native and 
methylated samples [ 18 ]. Alternatively, for insoluble or only 
partially soluble polysaccharides or their permethylated deriva-
tives, a strong hydrolysis could be necessary [ 24 ]. However, 
for galactans from the Bryopsidales, the standard procedure 
should be suitable [ 24 ]. The sugar mixture can be converted 
to the corresponding alditol acetates [ 24 ] or into the aldono-
nitrile acetates [ 25 ].   

   16.    All the reactions should be carried out at full microwave power. 
Risks of accidents are minimized by carefully observing the 
cooling time after each step of reaction.         
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    Chapter 21   

 Structural Characterization of a Hybrid Carrageenan-Like 
Sulfated Galactan from a Marine Red Alga 
 Furcellaria lumbricalis  

           Youjing     Lv    ,     Bo     Yang    ,     Xia     Zhao    ,     Junzeng     Zhang    , and     Guangli     Yu    

    Abstract 

   Carrageenans are sulfated galactan isolated from marine red algae with different disaccharide forms. There 
are also some hybrid carrageenan-like oligomers, which are reported to possess a number of bioactivities. 
Here, we describe a method to study the structural characterization of a carrageenan-like sulfated galactan 
FB1 extracted from the red seaweed  Furcellaria lumbricalis . We show the process of the general analysis 
of FB1, including the molecular weight, sulfate content, total sugar content, protein content, and 
3,6- anhydrogalactose (3,6-AnG) content analyses. The fi ne structure identifi cation methods, including 
desulfation and methylation, nuclear magnetic resonance (NMR), and electrospray ionization collision 
induced dissociation tandem mass spectrometry (ES-CID-MS/MS), are also described in detail.  

  Key words     ES-CID-MS/MS  ,   General analysis  ,   Methylation  ,   NMR  ,   Sulfated galactan  ,   Structure  

1      Introduction 

 Carrageenans are sulfated galactan isolated from marine red algae, 
which are widely used as food additives due to their gel-forming 
ability and other rheological properties. Carrageenans are com-
posed of linear, repeating disaccharide blocks of alternating 
3-linked β- D -galactopyranose (β-Gal, unit G) and 4-linked α-d - 
galactopyranose (α-Gal, unit  D ), with the  D  unit often occurring 
as its 3,6-anhydro form (3,6-AnG, unit  A ) [ 1 ]. Based on the pres-
ence of a  D  or an  A  form of the 4-linked galactose and the differing 
sulfate contents and substitutions, carrageenans can be divided 
into several types. For example, κ-, ɩ-, and λ-carrageenans have dif-
ferent disaccharide building blocks of –[G4S-A]  n  –, –[G4S-A2S]  n  –, 
and –[G2S-D2S6S]  n  –, respectively [ 2 ]. However, natural polysac-
charides are rarely in the ideal form and usually consist of different 
biose units or copolymeric chains. The substitution of the hydrox-
yls in  D -galactose by methyl and pyruvate groups also complicates 
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the carrageenan structure [ 3 ]. The heterogeneity of carrageenan 
largely depends on the algal species, growth stage, and environ-
mental conditions. This structural heterogeneity confers a wide 
range of physicochemical properties and biological activities 
including antiviral [ 4 ,  5 ], antitumour [ 6 ,  7 ], immunomodulatory 
[ 8 ], and anti-Alzheimer’s disease activities [ 9 ]. 

 We obtain one hybrid carrageenan-like sulfated galactan FB1 
from the hot water fraction from the red alga  Furcellaria lumbri-
calis  [ 1 ,  10 ]. The analyses to obtain basic information, such as 
molecular weight, sulfate content, total sugar content, crude pro-
tein content, 3,6-AnG content, and monosaccharide analyses, are 
carried out to describe the general properties of FB1. The precise 
structure of FB1 is also determined by electrospray ionization col-
lision induced dissociation tandem mass spectrometry 
(ES-CID-MS/MS) technique, methylation analysis, and nuclear 
magnetic resonance (NMR) technique. All these analyses could 
also be applied to other types of carrageenan.  

2    Materials 

 Prepare all solutions using distilled water and analytical grade 
reagents and prepare and store all reagents at room temperature 
(unless indicated otherwise). 

       1.    Algae were collected on the coast of Prince Edward Island, 
Canada, and provided by PEI Food Technology Center of 
Canada (Sept. 2003).   

   2.    60 mesh sieve.   
   3.    95 % ethanol.   
   4.    1 M sodium hydroxide (NaOH): dissolve 20.0 g of NaOH in 

1,000 mL of distilled water.   
   5.    0.25 M potassium chloride (KCl): dissolve 18.64 g of KCl in 

1,000 mL of distilled water.   
   6.    Q-Sepharose Fast Flow ion-exchange column (5.0/10 cm; 

XK column, GE company; or equivalent).   
   7.    2 M sodium chloride (NaCl): dissolve 116.88 g of NaCl in 

1,000 mL of distilled water and fi lter through 0.22 μm. Prepare 
a set of diluted NaCl solutions from the 2 M solution through 
a series of dilutions with distilled water to make NaCl contents 
as 1.5, 1.0, 0.5, and 0.2 M. Ultrasonic degas before use.   

   8.    Sepharose 4B Fast Flow gel fi ltration column (XK 2.6/90 cm).   
   9.    Dialysis membrane (cut off: 7,000 Da).   
   10.    AKTA-FPLC (fast protein liquid chromatography) system 

used for polysaccharide purifi cation through ion-exchange 
chromatography.      

2.1  Extraction 
and Purifi cation of FB1

Youjing Lv et al.



327

         1.    Phenol solution (6 %): warm redistilled phenol in a 60 °C 
water bath until it melts completely. Weigh 80.0 g of phenol, 
add distilled water until 100 g to make an 80 % of stock solu-
tion, store at 4 °C. To get a 6 % phenol solution, dilute 15 mL 
of 80 % stock solution with distilled water up to 200 mL in a 
volumetric fl ask; store at 4 °C.   

   2.    Conc. sulfuric acid (H 2 SO 4 ; 98 %, 18.4 M).   
   3.    Galactose (Gal) standard solutions: dissolve 10 mg of Gal in 

20 mL of distilled water to make a galactose stock solution. 
Prepare a set of diluted sugar standards from the Gal stock 
solutions through a series of 1:1 dilutions with distilled water 
to make concentration as 0.05, 0.10, 0.15, 0.20, 0.25 mg/mL.   

   4.    FB1 is diluted to 0.5 mg/mL with distilled water.   
   5.    Microplate reader.      

       1.    0.5 % (w/v) gelatin aqueous buffer: dissolve 1.0 g of gelatin 
into 200 mL of distilled water at 60–70 °C. Store at 4 °C 
overnight.   

   2.    0.5 % (w/v) barium chloride (BaCl 2 )-gelatin buffer: dissolve 
0.5 g BaCl 2  into 100 mL of 0.5 % gelatin aqueous buffer to 
make a 0.5 % solution. Store at 4 °C overnight.   

   3.    8 % (w/v) trichloroacetic acid (TCA): weigh 8.0 g of TCA 
into a 100-mL volumetric fl ask; add distilled water up to the 
volume.   

   4.    Potassium sulfate (K 2 SO 4 ) standards: weigh 108.75 mg of 
K 2 SO 4  ( see   Note 1 ) into a 100-mL volumetric fl ask, and add 
distilled water up to the volume to make the fi nal concentra-
tion of SO 4  2−  as 0.7768 μg/μL. Prepare a set of diluted SO 4  2−  
standards from the K 2 SO 4  standard solution through a series 
of dilutions with distilled water to make SO 4  2−  contents as 
0.1553, 0.2330, 0.3107, 0.3884, and 0.4661 μg/μL.   

   5.    1 M HCl: pour 85 mL of conc. HCl to a 1,000-mL volumet-
ric fl ask, add distilled water up to 1,000 mL, and mix well.   

   6.    UV–Vis spectrophotometer.      

       1.    4 % (w/v) sodium carbonate (Na 2 CO 3 ) solution: add 40 g of 
Na 2 CO 3  to 600 mL of distilled water. Transfer the solution to 
a volumetric fl ask and add distilled water up to 1,000 mL.   

   2.    0.2 M sodium hydroxide (NaOH) solution: add 8 g of NaOH 
to 600 mL of distilled water. Transfer the solution to a volu-
metric fl ask and add distilled water up to 1,000 mL.   

   3.    1 % (w/v) copper sulfate pentahydrate (CuSO 4 ·5H 2 O): add 
10 g of CuSO 4 ·5 H 2 O to 600 mL of distilled water. Transfer 
the solution to a volumetric fl ask and add distilled water up to 
1,000 mL.   

2.2  General Analysis

2.2.1  Total Sugar 
Content

2.2.2  Sulfate Content

2.2.3  Crude Protein 
Content

Structural Characterization of Sulphated Galactan
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   4.    2 % (w/v) sodium potassium tartrate tetrahydrate solution: 
add 20 g of sodium potassium tartrate tetrahydrate to 600 mL 
of distilled water. Transfer the solution to a volumetric fl ask 
and add distilled water up to 1,000 mL.   

   5.    Folin-phenol solution I: 
 Reagent A: 4 % sodium carbonate solution mixed volumet-

ric equally with 0.2 M sodium hydroxide solution. 
 Reagent B: 1 % copper sulfate solution mixed volumetric 

equally with 2 % sodium potassium tartrate tetrahydrate 
solution. 

 Before use, mix reagent A and B as 50:1 (v/v) ( see   Note 2 ).   
   6.    Folin-phenol solution II: before use, dilute the commercial 

Folin-phenol reagent with equal volume of distilled water.   
   7.    BSA Standards: prepare a set of diluted protein standards from 

the BSA standard solution (1.0 mg/mL) through a series of 
1:1 dilutions with distilled water.   

   8.    FB1 is diluted to 0.5 mg/mL with distilled water.   
   9.    UV–Vis spectrophotometer.      

       1.    Resorcinol stock solution: dissolve 150 mg of resorcinol in 
100 mL of distilled water in dark reagent bottle and store at 
4 °C ( see   Note 3 ).   

   2.    Acetal stock solution: dissolve 82 mg of acetal in 10 mL of 
distilled water in dark reagent bottle and store at 4 °C. Before 
use, it should be diluted with water (1:24, v/v) ( see   Note 4 ).   

   3.    Resorcinol-acetal solution: combine 9 mL of resorcinol stock 
solution into 100 mL of concentrated HCl and 1 mL of 
diluted acetal solution ( see   Note 5 ).   

   4.     D -fructose standard solutions: dissolve 10 mg of fructose in 
100 mL of distilled water to make  D -fructose stock solution. 
Prepare a set of diluted  D -fructose standards from the stock solu-
tion through serial dilutions with distilled water to make concen-
trations as 0.005, 0.010, 0.015, 0.020, 0.025, 0.030 mg/mL.   

   5.    FB1 is diluted to 0.5 mg/mL with distilled water.   
   6.    UV–Vis spectrophotometer.      

       1.    0.2 M sodium sulfate (Na 2 SO 4 ): dissolve 28.4 g of Na 2 SO 4  in 
1 L of distilled water and fi lter through 0.22 μm. Ultrasonic 
degas before use.   

   2.    5 mg/mL dextran standards and FB1 solutions: weigh 5.0 mg 
of each dextran standard (standards with different molecular 
weight: 5.9, 11.8, 22.8, 47.3, 112, 212, 404, and 788 kDa) 
and FB1, dissolve in 1 mL of 0.2 M Na 2 SO 4 , then fi lter 
through 0.22 μm.   

2.2.4  3,6-Anhydrogal-
actose (AnG) Content

2.2.5  Molecular Weight 
Analysis

Youjing Lv et al.
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   3.    PL aquagel-OH column (8 μm, 30 × 8 mm; Perkin Elmer, 
Waltham, MA, USA, or equivalent).   

   4.    Gel permeation chromatography system with a refractive index 
detector.       

       1.    80 mg/mL α-methylnaphthalene-borane (MMB): dissolve 
80 mg of MMB in 1 mL of distilled water.   

   2.    6 and 4 M trifl uoroacetic acid (TFA): to make 6 M TFA, weigh 
6.84 g of TFA and add distilled water up to 10 g; for 4 M 
TFA, weigh 4.56 g of TFA and add distilled water up to 10 g.   

   3.    Acetonitrile (CH 3 CN) and dichloromethane (CH 2 Cl 2 )—
chromatographic grade.   

   4.    Inositol, acetic ether (EtOAc), acetic anhydride (Ac 2 O), and 
perchloric acid (HClO 4 ).   

   5.    Standard sugars: galactose, glucose, mannose, rhamnose, 
xylose, fucose, arabinose, and 3,6-AnG.   

   6.    Screw-cap Tefl on tubes (5 mL).   
   7.    Fused silica capillary column DB-225 (0.25 μm, 30 m × 0.32 mm; 

J&W Scientifi c, Folsom, CA, USA, or equivalent).   
   8.    A Gas Chromatograph (GC) with a Flame-Ionization Detector 

(FID).      

       1.    2 M hydrochloric acid (HCl): pour 170 mL of conc. HCl to a 
volumetric fl ask (1,000 mL), add distilled water up to 
1,000 mL and mix well.   

   2.    1 M NaOH: add 4 g of NaOH to 60 mL of distilled water. 
Transfer the solution to a volumetric fl ask and add distilled 
water up to 100 mL.   

   3.    Ethanol.   
   4.    Deuterated water (D 2 O).   
   5.    Acetone-d6.   
   6.    600-MHz NMR spectrometer.      

       1.    Amberlite IR 120 (H + ) cation exchange resin.   
   2.    Pyridine, sodium hydride (NaH), methyl iodide (CH 3 I), ace-

tic anhydride (Ac 2 O), glacial acetic acid (CH 3 COOH), anhy-
drous dimethyl sulfoxide (DMSO) ( see   Note 6 ).   

   3.    Chlorotrimethylsilane (CTMS), chloroform (CHCl 3 ), sodium 
borodeuteride (NaBD 4 ), and menthol (CH 3 OH)—chromato-
graphic grade.   

   4.    4 M TFA: weigh 4.56 g of TFA and add distilled water up 
to 10 g.   

   5.    Dichloromethane (CH 2 Cl 2 )—chromatographic grade.   

2.3  Monosaccharide 
Composition Analysis

2.4  NMR Analysis 
Materials

2.5  Desulfation 
and Methylation 
Analysis

Structural Characterization of Sulphated Galactan
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   6.    0.05 M NaOH: add 2 g of NaOH to 200 mL of distilled 
water. Transfer the solution to a volumetric fl ask and add dis-
tilled water up to 1,000 mL.   

   7.    Sealed Tefl on tube.   
   8.    Dialysis membrane (cut off: 7,000 Da).   
   9.    Potassium bromide (KBr) spectroscopically pure used to check 

the methylation process of FB1.   
   10.    DB-225MS fused Silica Capillary Column (0.25 μm, 

30 m × 0.32 mm; J&W Scientifi c, Folsom, CA, USA, or 
equivalent).   

   11.    Fourier Transform Infrared Spectrometer.   
   12.    Gas chromatography–mass spectrometry (GC-MS) system.      

       1.    0.1 and 0.2 M H 2 SO 4  solution: add slowly 1.4 mL of conc. 
sulfuric acid (98 %, 18.4 M) to 200 mL of distilled water. 
Transfer the solution to a volumetric fl ask and add distilled 
water up to 250 mL. For the 0.2 M solution: add slowly 
2.8 mL of conc. sulfuric acid to 200 mL of distilled water. 
Transfer the solution to a volumetric fl ask and add distilled 
water up to 250 mL.   

   2.    2 M NaOH solution: weigh 20 g of NaOH and dissolve in 
200 mL of distilled water.   

   3.    Ethanol.   
   4.    0.1 M ammonium bicarbonate (NH 4 HCO 3 ): weigh 7.9 g of 

NH 4 HCO 3  in 800 mL of distilled water. Transfer the solution 
to a volumetric fl ask and add distilled water up to 1,000 mL. 
Filter through 0.22 μm and ultrasonic degas before use.   

   5.    Superdex Peptide HR column (1.0 × 30 cm; Pharmacia 
Bioscience, Uppsala, Sweden, or equivalent).   

   6.    High Pressure Liquid Chromatography system with a refrac-
tive index detector.      

       1.    0.01 M NaOH: weigh 0.08 g of NaOH and dissolve in 
200 mL of distilled water.   

   2.    0.05 M sodium borodeuteride (NaBD 4 ): weigh 20.93 mg of 
NaBD 4  and dissolve in 10 mL of 0.01 M NaOH solution.   

   3.    50 % acetonitrile in distilled water (v/v).   
   4.    Acetic acid (HAc)/distilled water (1:1, v/v).   
   5.    Acetonitrile (CH 3 CN)/2 mM NH 4 HCO 3  (1:1, v/v): dissolve 

0.0395 g of NH 4 HCO 3  in 250 mL of distilled water to make 
a 2-mM NH 4 HCO 3  solution. Mix 100 mL of CH 3 CN and 
100 mL of 2 mM NH 4 HCO 3 .   

   6.    AG50W-X8 cation exchange resin (H + ) (Bio-Rad, Hercules, 
CA, USA, or equivalent).   

   7.    Micromass Q-Tof Ultima instrument.       

2.6  Preparation 
and Purifi cation 
of Oligosaccharides

2.7  ES-MS Analysis

Youjing Lv et al.
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3    Methods 

 Carry out all procedures at room temperature unless specifi ed 
otherwise. 

       1.    Pulverize the air-dried seaweed and pass it through a 60 mesh 
sieve.   

   2.    Remove the fat of seaweed powder by covering the seaweed 
powder with 95 % EtOH at 80 °C for 4 h (three times) in a 
three-necked fl ask in a water bath. After centrifugation 
(4,340 ×  g  15 min), dry the residue at 35 °C.   

   3.    Extract the dried alga (50 g) with 1,000 mL of distilled water 
at 25 °C in a water bath for 4 h (three times) and centrifuge 
(4,340 ×  g , 15 min) to remove the cold water soluble polysac-
charide such as starch.   

   4.    Extract further the alga residue with 1,000 mL of water at 
85 °C in a water bath for 1 h (three times) and centrifuge 
(4,340 ×  g , 15 min). Combine the three supernatants. Adjust 
the supernatant pH to 8.0 with 1 M NaOH and precipitate it 
with 4 volumes of 95 % ethanol.   

   5.    Dissolve the precipitate in distilled water again to make a 1 % 
(w/v) solution and add the same volume of 0.25 M KCl. 
Leave the solution standing for 1 h and then centrifuge 
(4,250 ×  g , 15 min). The insoluble polysaccharide is called 
FB. The extraction chart is represented in Fig.  1 .    

3.1  Extraction 
and Purifi cation of FB1

  Fig. 1    The extraction chart of polysaccharides FB       

 

Structural Characterization of Sulphated Galactan
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   6.    For purifi cation, dissolve FB (300 mg) in 50 mL of distilled 
water, pour it onto a Q-Sepharose Fast Flow column con-
nected to an AKTA-FPLC system, and elute with water, fol-
lowed by a stepwise addition of increasing concentrations of 
NaCl (0.5, 1.0, 1.5, and 2 M) at a fl ow rate of 120 mL/h with 
500 mL (Fig.  2 ). Test each fraction (12 mL) for polysaccha-
ride presence by the phenol-sulfuric acid method ( see  
Subheading  3.2.1 ). Combine fractions eluted with the same 
solution of NaCl and containing polysaccharide; dialyze, con-
centrate, and freeze-dry the combined fractions.    

   7.    Subject the fraction eluted by 0.5 M NaCl to gel fi ltration 
using a Sepharose 4B Fast Flow column. Elute with 500 mL 
of 0.2 M NaCl at a fl ow rate of 12 mL/h (Fig.  3 ). Test each 
fraction (1 mL) for polysaccharide presence by the phenol-
sulfuric acid method ( see  Subheading  3.2.1 ). Dialyze the puri-
fi ed fraction (FB1) against distilled water and freeze-dry it.       

   The general    properties of FB1, including total sugar content, sul-
fate content, protein content, and 3,6-AnG content, is determined 
by colorimetric method. The fl ow chart of the colorimetric method 
is shown in Fig.  4 .  

     The total sugar content is determined by the phenol-sulfuric acid 
method [ 11 ], using galactose as standard.

    1.    Load 200 μL of standard or sample solution (5 mg/mL) per 
test tube. If less sample or dilution, add distilled water to make 
up 200 μL.   

   2.    Add 100 μL of 6 % phenol and 1.5 mL of concentrated sulfuric 
acid quickly per tube and mix.   

3.2  General Analysis 
of the Polysaccharide 
FB1

3.2.1  Total Sugar 
Content
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exchange column. Reproduced from [ 1 ] with permission from Elsevier       
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   3.    Incubate the tubes at 100 °C in a water bath for 10 min.   
   4.    Cool the tubes to room temperature (5 min) and load 200 μL 

of reaction solution per well on a 96-well plate.   
   5.    Read the absorbance at 490 nm using a Microplate reader.    

     Sulfate content is determined by the BaCl 2 -gelatin method [ 12 ].

    1.    Hydrolyze 5.0 mg of FB1 with 3 mL of 1 M HCl in sealed 
reaction vials at 105 °C in an oven for 6 h. Dry the reaction 
mixtures under N 2  gas and redissolve in 3 mL of distilled water.   

3.2.2  Sulfate Content

  Fig. 3    Gel fi ltration chromatography of the polysaccharide FB1 on Sepharose 4B 
Fast Flow column. Reproduced from [ 1 ] with permission from Elsevier       

  Fig. 4       Flow chart of general analysis (total sugar, sulfate, protein and 3,6-anhydrogalactose content) of  
 polysaccharide FB1       
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   2.    Add 100 μL of hydrolyzed sample or standard in each test 
tube, and distilled water up to 200 μL.   

   3.    Add 3.8 mL of 8 % TCA in each tube and 1 mL of 0.5 % 
BaCl 2 - gelatin buffer.   

   4.    Mix the tubes well and leave them standing at room tempera-
ture for 15 min.   

   5.    Read the UV absorbance at 360 nm.    

     The crude protein content is determined by the Lowry method [ 13 ].

    1.    Add 200 μL of standard or sample solutions per tube.   
   2.    Add 1 mL of Folin-phenol solution I into each tube and mix 

well. Leave them standing at room temperature for 10 min.   
   3.    Add 100 μL of Folin-phenol solution ΙI into each tube and 

mix well.   
   4.    Incubate at 37 °C in a water bath for 30 min.   
   5.    After cooling at room temperature, read the absorbance of the 

tubes at 650 nm.    

     The content of 3,6-AnG is determined by the resorcinol method 
using fructose as standard [ 14 ].

    1.    Combine 200 μL of standard or sample with 1 mL of pre-
cooled resorcinol-acetal solution in each test tube on an ice-
water bath.   

   2.    Mix well and leave standing at 20 °C in a water bath for 4 min, 
followed by 10 min at 80 °C in another water bath.   

   3.    Cool the mixture in an ice-water bath for 15 min.   
   4.    Read the absorbance at 555 nm within 15 min.    

         1.    Analyze the Mw of polysaccharide by High Performance Gel 
Permeation Chromatography (HPGPC), using PL aquagel-
 OH column. Solvent is 0.2 M Na 2 SO 4  at 30 °C. The fl ow rate 
is 0.5 mL/min.   

   2.    Calibrate with the standards (dextrans). Record the retention 
time of each dextran and FB1.   

   3.    Represent the retention time as abscissa and the log value of 
molecular weight as ordinate to plot the standard curve and 
calculate the Mw of FB1 (Fig.  5 ).        

   As traditional acid hydrolysis might destroy 3,6-AnG, a two-step 
reduction hydrolysis method is used to determine the monosac-
charide composition of FB1.

    1.    Add 2 mg of sample, 100 μL of distilled water, 50 μL of MMB 
solution, and 100 μL of 6 M TFA into a screw-cap Tefl on tube 
sequentially. Heat the mixture at 80 °C in a water bath for 30 min, 

3.2.3  Crude Protein 
Content

3.2.4  3,6-Anhydrogal-
actose (3,6-AnG) Content

3.2.5  Molecular Weight 
(Mw) Analysis of FB1

3.3  Monosaccharide 
Composition Analysis
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then cool it to room temperature. Add 50 μL of MMB solution 
and stream-evaporate it under N 2  at 50 °C in a water bath.   

   2.    Add 100 μL of distilled water and 100 μL of 4 M TFA into the 
tubes and hydrolyze at 120 °C in an oil bath for 1 h. After 
being cooled down to room temperature, add 100 μL of 
MMB solution and evaporate it at 50 °C in a water bath; then 
add 500 μL of CH 3 CN and evaporate it under N 2 . The sugar 
alditol is thus obtained.   

   3.    Acetylate the sugar alditol with a mixture of 500 μL of EtOAc, 
1.5 mL of Ac 2 O, and 50 μL of HClO 4 . Sonicate the mixture 
at room temperature for 10 min and leave standing for another 
15 min. Add 5 mL of ultrapure water, and extract this water 
phase with 2 mL of CH 2 Cl 2 . Wash three times the CH 2 Cl 2  
fraction, which contains the alditol acetates, with 5 mL of 
water, and use the CH 2 Cl 2  layer for GC analysis.   

   4.    Analyze the alditol acetates by GC using a Fused Silica Capillary 
Column: the sample is detected with fl ame-ionization detector 
(FID) at 250 °C; the injector and the oven temperature are set 
at 250 and 210 °C, respectively. Compared with standard sug-
ars, the composition and content of monosaccharide are deter-
mined by retention time and peak area, respectively.     

 The polysaccharide FB1 shows a symmetric peak on a PL aqua-
gel- OH column, with average molecular weight of 428 kDa. The 
chemical composition analyses show that FB1 contained 83.6 % 
sugar and 15.2 % sulfate, with a small amount of crude protein 

  Fig. 5    Averaged molecular weight of the polysaccharide FB1 analyzed by the 
HPGPC method on PL aquagel-OH column. Reproduced from [ 1 ] with permission 
from Elsevier       
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(0.3 %) (Table  1 ). Monosaccharide composition analysis by GC 
indicates that FB1 is composed of 58.1 % Gal, 39.8 % 3,6-AnG, 
and 2.1 % of an unknown constituent.

      In contrast to the unbranched polymeric nature of polypeptide and 
nucleic acid chains, carbohydrates may be branched structures, 
capable of substitution at several points. NMR is widely used in the 
carbohydrate structure analysis because it can address four essential 
problems: the monosaccharides present and their furanose/pyra-
nose confi gurations and α/β anomeric forms; the linkage between 
the monosaccharides and the position of substituents; the dynamic 
properties of the carbohydrate molecule; the conformation or fam-
ily of conformations due to the O-glycosidic bonds and 
 hydroxy- methyl rotamers. All the four questions can be satisfacto-
rily answered by NMR [ 15 ].

    1.    Dissolve 40 mg of FB1 in 8 mL of distilled water, then adjust 
the pH to 1.0 with 2 M HCl, and keep it for 10 min at 60 °C in 
a water bath ( see   Note 7 ). Neutralize the hydrolyzed FB1 with 
1 M NaOH and precipitate it with 16 mL of ethanol. Dissolve 
the precipitate in 10 mL of distilled water and freeze-dry it.   

   2.    Dissolve 30 mg of the hydrolyzed FB1 in 1 mL of D 2 O and 
freeze-dry twice to replace all exchangeable protons with deu-
terium. Acquire the  1 H-NMR,  13 C-NMR,  1 H- 1 H Correlation 
Spectroscopy (COSY), and Heteronuclear Multiple-Quantum 
Correlation (HMQC) at 20 °C using a 600-MHz NMR spec-
trometer. Calibrate the chemical shift value using acetone-d6 
as an internal standard.   

   3.    Assign the chemical shifts of  1 H and  13 C of the polysaccharide 
FB1 based on a series of  1 H- 1 H COSY, and 2D  1 H- 13 C 
(HMQC) correlation experiments. From  1 H- 1 H COSY spec-
trum, all correlation signals could be assigned. For instance, as 
labeled in Fig.  6 , the ring protons of unit G H1 (4.45 ppm) → H2 
(3.44 ppm) → H3 (3.72 ppm) → H4 (3.98 ppm), H5 
(3.54 ppm) → H6a (3.56 ppm) → H6b (3.61 ppm), and the 
ring protons of unit G′ H1 (4.50 ppm) → H2 (3.44 ppm) → H3 
(3.86 ppm) → H4 (4.70 ppm), H5 (3.66 ppm) → H6a 

3.4  NMR Analysis

   Table 1  
  Results of the general analyses on the polysaccharide FB1   

 Total sugar 
content (%) 

 Sulfate 
content (%) 

 Protein 
content (%) 

 3,6-AnG 
content (%) 

 Monosaccharide 
composition (%) 

 MW 
(kDa) 

 FB1  83.6  15.2  0.3  39.8  Gal: 58.1 
 3,6-AnG: 39.8 
 Unknown: 2.1 

 428 
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(3.58 ppm) → H6b (3.64 ppm) were determined (Table  2 ). 
The proton-carbon correlation was assigned based on the 
HMQC spectrum (Fig.  7 ), which maps the correlations 
between carbon atoms and their directly bonded protons. 
Take unit G for example, the correlations of H1 with C1 at 
102.5 ppm, H2 with C2 at 69.2 ppm, H3 with C3 at 79.7 ppm, 
H4 with C4 at 65.6 ppm, H5 with C5 at 75.0 ppm, and H6 
with C6 at 60.5 ppm were clearly arisen. The proton and car-
bon cross- peaks of the other units could also be assigned 
clearly by HMQC spectrum as in Table  3 . 
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  Fig. 6     1 H- 1 H COSY spectrum of the polysaccharide FB1. Reproduced from [ 1 ] with permission from Elsevier       

   Table 2  
  Correlations in  1 H- 1 H COSY spectrum of the polysaccharide FB1   

 Sugar residues 

 Coupled H/H (ppm) 

 H1/H2  H2/H3  H3/H4  H5/H6a  H6a/b 

 →3 G4S β1,4Aα1→  4.50/3.44  3.44/3.86  3.86/4.70  3.66/3.58  3.58/3.64 

 →3 G β1,4Aα1→  4.45/3.44  3.44/3.72  3.72/3.98  3.54/3.56  3.56/3.61 

 →4 A α1,3Gβ1→  4.92/3.92  3.92/4.38  na  4.50/3.92  3.92/4.06 

 →4 A α1,3G4Sβ1→  4.94/3.98  3.98/4.35  na  4.49/3.90  3.90/4.07 

 →3Gβ1,4 D α1→  na  na  na  3.61/3.40  3.40/3.46 

  Reproduced from [ 1 ] with permission from Elsevier 
  na  not assigned,  G4S  1,3-linked-4-sulfated-galactose,  A  1,4-linked-3,6-anhydrogalactose,  G  1,3-linked galactose,  
D  1,4-linked galactose  
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            Desulfation is operated as described in [ 16 ] and methylation is 
performed according to [ 17 ] ( see   Note 8 ). Briefl y, the process is 
carried out as shown in Fig.  8  and outlined below. 

    1.    Load 20 mg of FB1 on an Amberlite IR 120 cation exchange 
resin (20 mL). Wash the column with 20 mL of distilled water. 
Adjust the pH of the eluate to 9.0 with pyridine ( see   Note 9 ). 
Evaporate the eluate with a rotavapor and freeze-dry it to 
obtain the pyridinium form of FB1 (FB1-Py).   

3.5  Desulfation 
and Methylation 
Analysis
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  Fig. 7    HMQC spectrum of the polysaccharide FB1. Reproduced from [ 1 ] with permission from Elsevier       

   Table 3  
  Correlations revealed in HMQC spectrum of the polysaccharide FB1   

 Sugar residues 

 Coupled H/C (ppm) 

 H1/C1  H2/C2  H3/C3  H4/C4  H5/C5  H6/C6 

 →3 G4S β1,4Aα1→  4.50/102.4  3.44/69.5  3.86/77.5  4.70/73.3  3.66/74.4  3.58 (3.64)/60.7 

 →3 G β1,4Aα1→  4.45/102.5  3.44/69.2  3.72/79.7  3.98/65.6  3.56/75.0  3.56 (3.61)/60.5 

 →4 A α1,3Gβ1→  4.92/93.9  3.91/69.5  4.38/78.9  na  4.49/76.3  3.92/69.0 

 →4 A α1,3G4Sβ1→  4.94/94.1  3.98/68.6  4.35/79.7  4.45/77.7  4.50/76.3  4.49/76.3 

 →3Gβ1,4 D α1→  5.02/94.  na  na  3.61/73.3  3.64/72.1  3.40 (3.46)/62.5 

  Reproduced from [ 1 ] with permission from Elsevier 
  na  not assigned,  G4S  1,3-linked-4-sulfated-galactose,  A  1,4-linked-3,6-anhydrogalactose,  G  1,3-linked galactose, 
 D  1,4-linked galactose  
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   2.    Dissolve the FB1-Py in 2 mL of pyridine in a sealed Tefl on 
tube. Add CTMS until the molar ratio of CTMS:sulfate is 
about 400:1. Keep the tube at 100 °C in an oil bath for 8 h 
with a constant stirring. Wash the excess of CTMS with water, 
and recover the desulfated product dsFB1 by dialysis against 
distilled water for 3 days and then freeze-dry it.   

   3.    Load 1 mg of FB1 and dsFB1 ( see   Note 10 ) in microtubes 
and add N 2  to protect samples from the air. Add 1 mL of 
anhydrous DMSO to dissolve the FB1 and dsFB1. Under the 
protection of N 2 , add 100 mg of NaH powder rapidly and stir 
for 1 h. Wrap up the microtubes with silver paper and add 
0.5 mL of CH 3 I slowly ( see   Notes 11  and  12 ), stir for 2 h. 
Then add 0.5 mL of distilled water to end up the reaction. 
Extract the production with 1 mL of CHCl 3  twice and com-
bine the two CHCl 3  layers. Wash the CHCl 3  layer with 2 mL 
of ultrapure water to remove impurities. Use 200 μL of CHCl 3  
layer to carry out the Fourier Transform Infrared Spectrometry 
(FTIR) analysis ( see   Note 13 ) and dry the rest using a rotary 
evaporator.   

   4.    The completion of methylation is confi rmed by FTIR spec-
troscopy as    the disappearance of the absorption of O-H stretch 
vibration. Grind 100–200 mg of dry KBr to powder and com-
press. Drop 20 μL of the CHCl 3  layer to the tablet and detect 
on the FTIR equipment.   

   5.    Dissolve the dry production above in 80 μL of CH 3 OH in 
2 mL section bottles and add 200 μL of distilled water, follow-
ing by 300 μL of 4 M TFA. After sealing up the bottles, put 
them in an oven at 110 °C for 6 h. After the reaction, remove 
the extra TFA under N 2  gas until dryness.   

   6.    Add 10 mg of NaBD 4  into the two hydrolysis products above 
(from FB1 and dsFB1), 1 mL of 0.05 M NaOH to dissolve 
them and leave them to react at room temperature for 4 h. 
Add two drops of glacial acetic acid to fi nish the reaction and 
dry the liquid under N 2  gas. Add 1 mL of CH 3 OH and then 
dry again. Repeat three times.   

  Fig. 8    Flow chart of the process of desulfation and methylation of the polysac-
charide FB1       
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   7.    Dissolve the dried products above in 0.5 mL of pyridine in 
tubes and seal up the tubes. After 30 min in a water bath at 
90 °C, add 0.5 mL of acetic anhydride and leave for reaction 
at 100 °C in an oil bath for 1 h. Dry the liquid under N 2  gas 
and add 1 mL of CH 2 Cl 2 . Wash the CH 2 Cl 2  layer with 1 mL 
of distilled water (repeat three times) and dry in an oven at 
45 °C. The partial methylated alditol acetates are thus 
obtained.   

   8.    Analyze partial methylated alditol acetates by a GC-MS 
equipped with a DB-225MS fused silica capillary column: set 
the injector temperature at 220 °C; use helium as the carrier 
gas at a constant fl ow rate of 1.0 mL/min. Set the initial oven 
temperature at 100 °C for 4 min and increase it up to 240 °C 
at the rate of 58 °C/min. Set the transfer line temperature at 
220 °C and the ion source temperature at 280 °C. Ions are 
generated by a 70 eV electron beam at a current of 
2.0 mA. Acquire masses from 30 to 800  m / z  at a rate of 30 
spectra/s, and turn on the acceleration voltage after a solvent 
delay of 180 s. Analyze mass spectra of the compounds using 
the Complex Carbohydrate Structural Database (CCSD) of 
the Complex Carbohydrate Research Centre, University of 
Georgia (  http://www.ccrc.uga.edu/    ). 

 The native polysaccharide FB1 consisted of 1,4,5-Ac 3 -2-
Me-3,6- AnG, 1,3,5- Ac 3 -2,4,6-Me 3 -Gal, 1,4,5-Ac 3 -2,3,6-
Me 3 -Gal and 1,3,4,5-Ac 4 -2, 6-Me 2 -Gal, while only a few 
1,3,4,5-Ac 4 -2, 6-Me 2 -Gal components were found in dsFB1 
(Table  4 ). This indicates that the sulfate group is mainly 
located in C4 of 1,3- Gal of FB1.

   Table 4  
  Composition of partially methylated monosaccharides produced by methylation of the polysaccharide 
FB1 and its desulfated counterpart dsFB1   

 Linkage  Partially methylated alditol acetates  Main ion ( m / z  ) 

 Proportions (%) 

 FB1  dsFB1 

 →4)A(1→  1,4,5-Ac 3 -2-Me-3,6-AnGal  43,103,145  40.2  38.4 

 →3)G4S(1→  1,3,4,5-Ac 4 -2,6-Me 2 -Gal  117,129,305  29.7  3.2 

 →3)G(1→  1,3,5-Ac 3 -2,4,6-Me 3 -Gal  117,161,233,277  20.1  46.6 

 →4)D(1→  1,4,5-Ac 3 -2,3,6-Me 3 -Gal  112,161,189,233  7.9  9.7 

 →4)3MeGal(1→  2.1  2.1 

  Reproduced from [ 1 ] with permission from Elsevier 
  A  1,4-linked-3,6-anhydrogalactose,  G4S  1,3-linked-4-sulfated-galactose,  G  1,3-linked galactose,  D  1,4-linked galactose  
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              1.    Hydrolyze FB1 (50 mg) with 0.1 M H 2 SO 4  (10 mg/mL) at 
60 °C in a water bath for 2 h, followed by neutralization with 
2 M NaOH. Add the same volume of ethanol and centrifuge 
(4,340 ×  g , 15 min). Collect the supernatant (FB1S) and 
freeze- dry it.   

   2.    Hydrolyze the ethanol precipitate fraction (FB1P, 10 mg) 
with 0.2 M H 2 SO 4  (10 mg/mL) at 80 °C in a water bath 
for 4 h.   

   3.    Dissolve FB1S and FB1P in 0.1 M NH 4 HCO 3  (10 mg/mL). 
Separate the oligosaccharides (100 μL) on a Superdex Peptide 
HR column eluted with 0.1 M NH 4 HCO 3  at a fl ow rate of 
0.2 mL/min using a refractive index detector. Collect the dif-
ferent oligosaccharide fractions: 10 for FB1S1 (FB1S1-10) 
and 8 for FB1P1 (FB1P1-8). Vacuum concentrate these frac-
tions at 45 °C and freeze-dry them. 

 Compared with the oligosaccharides from mild acid 
hydrolysis of κ-carrageenan (dotted line) and FB1P (Fig.  9 ), 
those of FB1S showed a series of irregular patterns (solid line).       

       1.    Mix 5 μL of each oligosaccharide fractions of FB1S (FB1S1 to 
10) and FB1P (FB1P1 to 8) (2 mg/mL) with 5 μL of 50 % 
acetonitrile and inject them to the Micromass Q-Tof Ultima 
instrument to get the ES-MS spectrum. The mobile phase 
(CH 3 CN/2 mM NH 4 HCO 3 , 1:1, v/v) is delivered by a 
syringe pump at a fl ow rate of 5 μL/min. The capillary voltage 
is maintained at 3 kV, while the cone voltage is 150 eV, 
depending on the size of the oligosaccharides. Use nitrogen as 
the desolvation and nebulizer gas at a fl ow rate of 500 and 
50 L/h, respectively. Set the source temperature at 800 °C 
and the desolvation temperature at 150 °C.   

   2.    Add 20 μL of 0.05 M NaBD 4  to 20 μg of the freeze-dried 
oligosaccharides, and carry out the reduction at 4 °C over-
night. Neutralize the reaction solution to pH 7 with a solution 
of acetic acid/distilled water (1:1) to destroy borohydride. 
Load the reaction solution onto an AG50 W-X8 resin 
(H +  form) and elute with distilled water until the elution 
becomes neutral. Vacuum concentrate and dry the eluent 
under N 2  ( see   Note 14 ).   

   3.    Dissolve samples in CH 3 CN/2 mM NH 4 HCO 3  (1:1, v/v), 
typically at a concentration of 5–10 pmol/L. Inject 5 μL of 
each sample to the Micromass Q-Tof Ultima instrument to 
get the ES-CID-MS/MS spectrum. Argon is used as the colli-
sion gas at a pressure of 1.7 bar and the collision energy should 
be adjusted to 17–100 eV for optimal sequence information. 

3.6  Preparation 
the FB1 
Oligosaccharides

3.7  ES-TOF-MS 
Analysis
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 The oligosaccharide fractions FB1S1-FB1S8 and FB1P1-
FB1P6 are analyzed by negative-ion ES-MS ( see  Fig.  10 , Table  5 ). 
The results show that FB1 appears to be a hybrid sulfated galactan 
with two major blocks, [G4S-A-G-A]  n   (75 %) and [G-D]  n   (10 %), 
and small building blocks of [G4S-D], [G-3MeGal], and [G4S-
3MeGal]. Thus, FB1 is characterized as a copolymer of κ/β-
carrageenan and nonsulfated galactan. 

  Fig. 9    Low pressure gel permeation chromatography of acid hydrolysates of the polysaccharide FB1. ( a ) FB1S 
is applied to a Superdex™ Peptide 10/300 GL column ( solid line ); for comparison, acid hydrolysis products 
from κ-carrageenan are also shown ( dotted line ). ( b ) FB1P is applied to a Superdex™ Peptide 10/300 GL 
column. See the text for a description of FB1S and FB1P. Reproduced from [ 1 ] with permission from Elsevier       
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  Fig. 10    Negative-ion ES-CID-MS/MS spectra of acid-hydrolyzed oligosaccharides of the polysaccharide FB1. 
( a ) Sequence analysis of a trisaccharide from FB1S1; ( b ) sequence analysis of another trisaccharide from 
FB1S1; ( c ) sequence analysis of tetrasaccharide from FB1S3. Reproduced from [ 1 ] with permission from 
Elsevier       
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4            Notes 

     1.    The K 2 SO 4  should be dried at 105 °C to constant weight 
before using.   

   2.    When preparing the Folin-phenol buffer I, it is better to mix 
the reagent A and B immediately before use.   

   3.    Use within 1 week.   

   Table 5  
  Negative-ion ES-MS of mild acid hydrolysis products from the polysaccharide FB1   

 Fractions 
 Found ions a  
(charge) 

 Calculated mol 
mass (H form; Da) 

 Assignment 
 Theoretical mol 
mass (H form; Da)  DP b   Sequence 

 FB1S1  565.1 (−1) 
 583.1 (−1) 

 566.1 
 584.1 

 3 
 3 

 G4S-A-G 
 G4S-D-G 

 566.1 
 584.1 

 FB1S2  322.0 (−2) 
 827.3 (−1) 

 646.0 
 828.3 

 3 
 5 

 G4S-A-G4S 
 G-D-G-D-G/D-G-D- G-D 

 646.1 
 828.3 

 FB1S3  745.3 (−1) 
 773.4 (−1) 
 907.4 (−1) 

 746.3 
 774.4 
 908.4 

 4 
 4 
 5 

 G-D-G-D(1S)/D-G- D-G(1S) 
 G4S-D3Me-G-D3Me 
 G-D-G-D-G(1S)/D-G- D-G-

D(1S) 

 746.2 
 774.2 
 908.2 

 FB1S4  475.0 (−2)  952.0  5  G-A-G-A-G(2S)  952.2 

 FB1S5  343.0 (−3)  1,032.0  5  G4S-A-G4S-A-G4S  1,032.1 

 FB1S6  668.1 (−2) 
 445.0 (−3) 

 1,338.0  7  G-A-G-A-G-A-G(3S)  1,338.2 

 FB1S7  463.7 (−3)  1,394.1  8  G-D-G-D-G-D-G- D(1S) 
 /D-G-D-G-D-G-D- G(1S) 

 1,394.4 

 FB1S8  410.1 (−4)  1,644.2  9  G-A-G-A-G-A-G-A- G(3S)  1,644.3 

 FB1P1  341.1 (−1)  342.1  2  G-D/D-G  342.1 

 FB1P2  503.1 (−1)  504.1  3  G-D-G/D-G-D  504.2 

 FB1P3  665.2 (−1)  666.2  4  G-D-G-D/D-G-D-G  666.2 

 FB1P4  827.4 (−1)  828.4  5  G-D-G-D-G/D-G-D- G-D  828.3 

 FB1P5  989.4 (−1)  990.4  6  G-D-G-D-G-D/D-G- D-G-D-G  990.3 

 FB1P6  1,151.6 
(−1) 

 1,152.6  7  G-D-G-D-G-D-G/D-G- D-G-
D-G-D 

 1,152.4 

  FB1S1-10 and FB1P1-6 denote oligosaccharide fractions derived from supernatant and precipitate, respectively, follow-
ing ethanol precipitation of FB1. Reproduced from [ 1 ] with permission from Elsevier 
  G4S  1,3-linked-4-sulfated-galactose,  A  1,4-linked-3,6-anhydrogalactose,  G  1,3-linked galactose,  D  1,4-linked 
galactose 
  a Major ion detected 
  b Degree of polymerization  
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   4.    Use within 1 month.   
   5.    Use within 3 h.   
   6.    NaH is used in the process of methylation and can strongly 

react with water to produce NaOH and H 2  under the release 
of a lot of heat. The strong basic and hot environment will 
lead to the degradation of polysaccharide and a great deal of 
by-product. So it is essential to make sure that all reagents are 
anhydrous. Different methods are used to prepare the anhy-
drous reagents: wash a 4 Å molecular sieve with ethanol and 
heat it in the muffl e furnace at 400 °C for 3 h. After cooling, 
add the molecular sieve into the pyridine to absorb the resid-
ual water. Wash NaH powder with petroleum ether for three 
times and dry with N 2  before use. Add CaCl 2  powder into the 
Ch 3 I to absorb the water and fi lter out the CaCl 2  before use.   

   7.    This process of mild acid hydrolysis of FB1 is used to reduce 
its high viscosity.   

   8.    All the reaction should occur in glass vessel to avoid impurities.   
   9.    Pyridine is harmful if inhaled, swallowed, or absorbed through 

the skin and also has minor neurotoxic, genotoxic, and clasto-
genic effects. So all the operations should be done in the 
ventilation.   

   10.    The sample should be dried under diminished pressure for 3 h. 
All the glassware should be dried in an oven at 120 °C for 12 h.   

   11.    The NaH and DMSO could generate the CH 3 SOCH 2  − . Before 
the addition of CH 3 I, CH 3 SOCH 2  −  has not disassociated all 
the OH −  on the carbohydrate, and if the addition of CH 3 I is 
too fast, the excessive CH 3 I will react with CH 3 SOCH 2  to 
produce the main by-product C 2 H 5 SOCH 3 . In order to 
decrease the side reaction and improve the yield, the weight of 
NaH should not be too high and the CH 3 I should be added 
slowly, ideally drop by drop.   

   12.    CH 3 I exhibits acute toxicity for inhalation and ingestion and 
symptoms may include eye irritation, nausea, vomiting, dizzi-
ness, ataxia, slurred speech, and dermatitis. Make sure don’t 
inhale or touch CH 3 I and all the operations should be done in 
the ventilation.   

   13.    FTIR analysis of methylation production is essential to test 
whether the methylation reaction is complete. The peak at 
3,400–3,500/cm of –OH would disappear if the reaction is 
complete; otherwise the reaction should be repeated.   

   14.    The assignment of reducing or non-reducing terminal fragments 
is assisted by oligosaccharide reduction and the product ion 
spectra of the derived alditols. The reducing terminal fragment 
ions in the alditols should show an increase of 2 Da from the 
reduction due to the opening of the saccharide ring [ 18 ,  19 ].         

Structural Characterization of Sulphated Galactan
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Chapter 22

Characterization of Alginates by Nuclear Magnetic 
Resonance (NMR) and Vibrational Spectroscopy  
(IR, NIR, Raman) in Combination with Chemometrics

Henrik Max Jensen, Flemming Hofmann Larsen, 
and Søren Balling Engelsen

Abstract

This chapter describes three different spectroscopic methods for structural characterization of the com-
mercial important hydrocolloid alginate extracted from brown seaweed. The “golden” reference method 
for characterization of the alginate structure is 1H liquid-state NMR of depolymerized alginate polymers 
using a stepwise hydrolysis. Having implemented this method, predictive and rapid non-destructive meth-
ods using vibrational spectroscopy and chemometrics can be developed. These methods can predict the 
M/G-ratio of the intact alginate powder with at least the same precision and accuracy as the reference 
method in a fraction of the time that is required to measure the alginate using the reference method. The 
chapter also demonstrates how solid-state 13C CP/MAS NMR can be used to determine the M/G ratio 
on the intact sample by the use of multivariate chemometrics and how this method shares the characteris-
tics of the solid-state non-destructive IR method rather than its liquid-state counterpart.

Key words 13C CP/MAS NMR spectroscopy, Chemometrics, 1H NMR spectroscopy, Infrared spec-
troscopy, IR, Multivariate curve resolution, MCR, Partial hydrolysis, Partial least squares regression, 
PLSR, Sodium alginate

1 Introduction

Alginates are extracted from brown seaweeds (Phaeophyceae) in 
which the polysaccharides function as an important structural 
component of the thalli. The alginate polysaccharide is a linear 
polymer with repeating units of 1,4-linked β-d-mannuronic acid 
(M) and α-l-guluronic acid (G) arranged in a blockwise pattern 
along the polymer chain as homopolymeric (MM or GG) or het-
eropolymeric (MG) regions. The natural amount of M- and 
G-units as well as block structure depends on the seaweed species, 
geographical location, season, vegetative phase and the collected 
part of the algae species. In the algae the M/G ratio is controlled 
by the mannuronan C-5 epimerase [1]. Sodium alginate is the 
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most common form of commercial alginate and is widely used in 
numerous applications, for example to modify viscosity and texture 
of foods, soothing and gelling in over-the-counter pharma prod-
ucts for heartburn and GERD (Gastro Oesophageal Reflux 
Disorder), drug delivery vehicle, cell encapsulation, dental impres-
sions and in a variety of industrial applications within the paper and 
textile industry. In food systems sodium alginate is added in low 
amounts and by interactions with calcium in the food a cross-linked 
rigid gelling network is formed which results in a heat-stable gel, 
e.g., in the jam of pastries.

The viscosity of alginate hydrocolloids depends on the average 
molecular weight, whereas the gelling properties are affected by 
the distribution of the M- and G-units and on counter ions pres-
ent. A low M/G-ratio typically results in a brittle gel, while a high 
M/G-ratio results in a softer and more flexible gel. The focus of 
the current chapter is on sodium alginates and therefore the most 
important structural parameter in relation to the gelling properties 
is the M/G-ratio.

The reference method for determination of the M/G ratio is 
1H liquid-state Nuclear Magnetic Resonance (NMR) spectroscopy 
[2–4] of 0.1–0.5 % (w/v) aqueous alginate solutions. The practical 
implementation of this method and the feasibility of replacing this 
method with rapid vibrational spectroscopic methods (infrared, 
near infrared, or Raman spectroscopy) for high-throughput quality 
control is the aim of this chapter.

In order to record 1H liquid-state NMR spectra, the alginate 
samples must be solubilized and liquefied in the best way possible. 
This is achieved by depolymerization to reduce the molecular weight 
and by recording the spectra at elevated temperatures to reduce the 
viscosity. The depolymerization is performed by a stepwise mild par-
tial hydrolysis using mineral acids [2–4]. This somewhat laborious 
method is required in order to avoid complete hydrolysis and sub-
sequent possible epimerization leading to erroneous M/G ratios. 
For the procedure described here, a high temperature is required 
(≥353 K) to record the 1H NMR spectrum. The elevated tempera-
ture serves two purposes, firstly the decreased sample viscosity 
results in narrower line-widths and secondly, the water resonance is 
moved away from the spectral region of interest due to waters tem-
perature dependent chemical shift. Data acquisition using water 
suppression has been tested, but has so far resulted in misleading 
M/G-ratios [5, 6]. It has been suggested by Chhatbar et al. [7] to 
use microwaves for assisting the breakdown of the polymer. Another 
approach has been described by Li et al. [8] and Lundqvist et al. [9] 
in which alginate lyases are used to degrade alginate down to oligo-
saccharides, followed by chromatographic purification and 2D 
NMR and Electron Spray Ionization (ESI) Mass spectrometry (MS) 
characterization of the oligomer fractions.

Besides the M/G ratio, information about the block-structure 
of the sodium alginate can also be obtained from the 1H NMR 
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spectra by carefully integrating the H1 and H5 protons of the 
uronic acids (see Fig. 1) using the equations deduced by Grasdalen 
[3]. Both diade (MM, GM, GG) and triade (e.g., MGM) informa-
tion can be obtained by this approach. Beside the pioneering work 
using 1H liquid-state NMR [10] also have shown that 13C liquid- 
state NMR spectra can be used for monomeric and block-structure 
information of partly depolymerized alginate. However, the lower 
sensitivity and thus longer analysis time of this technique make it 
less attractive for routine analysis.

It has been shown, on a limited sample material, that intact 
polymer analysis (M/G ratio) can be performed on alginates in 
solution using a standard diffusion edited NMR pulse sequence 
[6]. In this approach the large difference in water and polymer- 
sizes, hence different rates of diffusion, is utilized to suppress water. 
Solid state 13C Cross Polarization-Magic Angle Spinning (CP-MAS) 
NMR techniques can also provide M/G ratio of the intact polymer 
[11] in combination with multivariate curve resolution [12, 13]. 
In contrast to the 1H liquid-state NMR analysis, this method is 
not sensitive to the presence of small amounts of calcium ions. 
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The two intact polymer NMR methods are reporting only on the 
M/G ratio but have so far not block information.

The NMR methods mentioned above are both time- consuming 
and labor-intensive (hydrolysis). In order to facilitate time- effective 
analyses of alginates, faster analytical methods are desirable. To ful-
fil these requirements, vibrational spectroscopic techniques such as 
infrared (IR), near infrared (NIR), and Raman spectroscopy have 
been tested [14] and by multivariate calibration to 1H liquid-state 
NMR their performance in determination of the M/G-ratio has 
been evaluated. Partial Least Squares Regression (PLSR) [15] is 
employed to develop the prediction methods.

Establishment of a statistically sound PLSR calibration model 
for determination of the M/G-ratio from vibrational spectra 
requires a fairly large calibration sample-set. The large sample-set is 
used to build a robust cross-validated model based on the refer-
ence values of M/G ratio (obtained from NMR spectroscopy on 
hydrolysed samples) and associated vibrational spectra (obtained 
on solid state samples) so that the model then can be used to rap-
idly predict the M/G ratio from a vibrational spectrum of a new 
sample. It has previously been demonstrated that 80–100 sodium 
alginate samples are sufficient to obtain a high quality prediction 
model that can predict the M/G ratio from vibrational (IR, NIR, 
Raman) spectra of the intact powder samples [14].

In this chapter an example is presented implementing the 
PLSR prediction model based on alginate IR spectra. This analysis 
reduces the time of analysis of the M/G ratio from several hours to 
a few minutes per sample, which facilitates much more frequent 
quality control (QC). The drawback of this type of rapid PLSR 
model is that it may not be universal to other types of alginate 
samples than those included in the calibration set. Under normal 
conditions the model covers only the M/G-ratio range included 
for the dependent variable and the alginate types included in the 
calibrations. If raw material samples of alginate are not included in 
the model these samples cannot be expected to be predicted by a 
final product QC model due to the presence of other polysaccha-
rides and protein in the raw material. This is not a major problem 
as such PLSR models can be extended with new samples on a later 
stage. In other words, the PLSR model sometimes can, but cannot 
be expected to, extrapolate outside the variations included in the 
calibration sample set.

2 Materials

Below the preparation of the most important chemicals is described. 
Please make sure to use the type of water (Milli-Q, D2O, etc.) indi-
cated as this is really important for liquid-state NMR samples.

Henrik Max Jensen et al.
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 1. 96 % ethanol.
 2. 0.1 M HCl: slowly add 20.5 mL of 37 % HCl to 100 mL of 

Milli-Q water. Adjust the final volume of solution to 250 mL 
with Milli-Q water (1 M HCl). Dilute 10 mL of this 1 M HCl 
solution to 100 mL with Milli-Q water.

 3. 0.1 M NaOH: weigh out 10 g of NaOH pellets and dissolve in 
100 mL of Milli-Q water. Adjust the final volume of solution 
to 250 mL with Milli-Q water (1 M NaOH). Dilute 10 mL of 
this 1 M NaOH solution to 100 mL with Milli-Q water.

 4. Deuterium oxide (D2O; >99 % D).
 5. Deuterium oxide 99.9 % (D2O).
 6. 0.1 % 3-(trimethylsilyl)-propionic-2,2,3,3-d4 acid sodium salt 

(TSP-d4). Dissolve 10 mg TSP-d4 in 10 mL of 99.9 % D2O.
 7. 1.0 mg/mL TTHA (triethylenetetramine-N,N,N′,N″,N′″,N′″-

hexaacetic acid): weigh out 25 mg TTHA in a 25 volumetric 
flask, dissolve TTHA in D2O, and fill to the mark.

 8. Heat-resistant glassware for hydrolysis incl. flasks.
 9. Reflux condenser.
 10. 5 mm (outer diameter) NMR tubes.
 11. Freeze-drying equipment or other equivalent drying 

equipment.

 1. NMR spectrometer equipped with a liquid-state probe having 
at least a proton channel and deuterium lock channel. The 
probe should be temperature controlled, having an upper 
limit of at least 90 °C. The magnetic field strength should be 
at least 4.7 T (corresponding to a proton resonance frequency 
of 200 MHz), but preferred above 9.4 T (proton resonance 
frequency above 400 MHz).

 2. NMR spectrometer with a magnetic field of 7.1–16.4 T and a 
double-resonance probe equipped for 4 mm (o.d.) rotors to 
acquire 13C CP-MAS NMR spectra.

 1. FT-IR (Fourier Transform InfraRed) Spectrometer equipped 
with an ATR (Attenuated Total Reflectance) unit 
(FT-IR-ATR).

 1. Software for NMR, IR spectral analysis, integration, deconvo-
lution (e.g., typical instrument vendor software) and software 
for multivariate data analysis/chemometrics (like Unscambler 
(www.camo.com), SIMCA (www.umetrics.com), LatentiX 
(www.latentix.com), PLS-toolbox (www.eigenvector.com).

2.1 Partial 
Hydrolysis

2.2 NMR 
Spectroscopy

2.3 Vibrational 
Spectroscopy 
(Example: IR 
Spectroscopy)

2.4 PLSR Model 
Building 
and Multivariate Curve 
Resolution (MCR)

Spectroscopic analysis of alginates
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3 Methods

The method described here is the optimal method to obtain quan-
titative data through 1H NMR (liq) of partial hydrolysed sodium 
alginate samples and is a condensation of best practises from rele-
vant literature [2–4, 10, 13, 14].

The partial hydrolysis must be performed in a well-ventilated 
fume-hood at room temperature. Due to handling of acid/base 
and boiling water protective eyewear and suitable gloves must be 
worn. The procedure can be scaled if needed.

 1. Weigh out 100 mg of Alginate powder to prepare a 0.1 % solu-
tion, wet the Alginate powder with 1–2 mL ethanol (96 %) to 
break the surface tension and add 100 mL of Milli-Q water 
while stirring (see Note 2).

 2. Adjust the pH of the solution to 5.6 using HCl (1 and 0.1 M, 
see Note 3) and reflux the mixture at 100 °C for 1 h while 
stirring.

 3. After cooling to room-temperature, adjust the pH to 3.8 with 
HCl (1 and 0.1 M, see Note 2).

 4. Reflux the sample at 100 °C for not more than 30 min and 
stop the hydrolysis by cooling on ice.

 5. Place the sample on a magnetic stirrer at ambient temperature 
and adjust the pH to 7–8 using NaOH (1 and 0.1 M, see Note 3).

 6. Freeze-dry the sample overnight and redissolve it in 5 mL of 
D2O followed by freeze-drying to remove residual H2O/
HDO from the sample.

 7. Dissolve 10 mg of the sample in 1 mL 99.9 % D2O (with 0.1 % 
TSP-d4) and pipette 700 μL hereof to a 5 mm NMR tube.

 8. Add four drops of the TTHA chelator solution (see Note 4) to 
the NMR tube, close the cap of the tube and mix by shaking 
the NMR tube.

 1. Set the temperature of the probe to 353 K and wait until the 
temperature is stable.

 2. Insert the NMR tube containing the partly hydrolysed sodium 
alginate (Subheading 3.1) into the NMR probe and wait for 
10 min to obtain temperature equilibrium.

 3. Select a single pulse experiment, set the relaxation delay to 2 s, 
the lock solvent to D2O, the spectral width to 15 ppm, the 
acquisition time to 4 s and the number of scans to 64 or 128.

 4. Optimize the receiver gain and record a spectrum.
 5. In the subsequent Fourier transformation use no zero filling 

and an exponential line broadening of 1.0 Hz.

3.1 Partial Hydrolysis 
(See Note 1)

3.2 NMR 
Spectroscopy

3.2.1 1H Liquid-State 
NMR Spectroscopy

Henrik Max Jensen et al.
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 6. Perform automatic phase correction and base line correction. 
Check the result by visual inspection and improve if needed.

 7. Carefully reference the TSP-d4 resonance to 0.000 ppm.
 8. Integrate the following regions: A (4.96–5.18 ppm), B (4.57–

4.82 ppm), and C (4.38–4.55 ppm) to obtain the correspond-
ing integrals: IA, IB, and IC (Fig. 2a) or go to next step 9.

 9. If the instrumentation and spectral resolution allows deconvo-
lution of peaks B1–B4 this can be performed to replace IB, 
hereby obtaining diade, triade information as shown in Fig. 2b 
and formulas below. Deconvolution of NMR peaks can be 
performed in most NMR software packages. Please consult 
the manual for your specific software. Typical parameters for 
deconvolution are a chemical shift range (careful chemical 
shift referencing is mandatory), peak picking (peak maxima), 
line-width and expected peak shape of the simulated spectrum 
(Lorentizian, Gaussian, or a mixture).

 10. Calculations of M/G-ratio and Diade/Triade block informa-
tion from the liquid-state 1H NMR spectra:

If the spectral conditions do not allow for resolution of 
resonances B1, B2, B3, and B4 the calculation of the M/G 
ratio is performed by integration of regions A, B, and C  
(see Fig. 2a):

M G/ = + -I I I IB C A A( ) ( )

If the spectral resolution allows the integration of peaks A 
and C and deconvolution of integrals of resonances B1–B4 
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Fig. 2 Experimental (solid line) and deconvoluted (broken line) liquid-state 1H NMR spectrum of the spectral 
region 4.40–5.15 ppm for a sample with M/G-ratio of 1.6 recorded at 14.1 T (1H Larmor frequency: 600 MHz). 
The peaks A (left region) and C (right region) are integrated (IA and IC respectively) while integrals for peaks B1, 
B2, B3, and B4 are obtained by deconvolution (dotted line)
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(see Fig. 2b) the following relations are used to calculate the 
M/G- ratio, diade and triade fractions:
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Sequence fraction information can then be calculated as follows:
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The procedure for recording 13C CP MAS NMR spectra is described 
for spectrometers of magnetic field of 7.1–16.4 T using a double- 
resonance probe equipped for 4 mm (o.d.) rotors. At higher fields 
different spin-rates and higher rf-field strengths may be required to 
avoid overlap between isotropic resonances and spinning side 
bands and to obtain efficient cross-polarization and 1H decoupling. 
Before running these experiments the magic angle should be care-
fully adjusted—e.g., by a 79Br MAS NMR experiment on KBr.

 1. Fill the rotor with alginate powder and insert the end-cap.
 2. Insert the rotor into the probe and start spinning using a spin- 

rate of 14 kHz. Please check that the spinning sidebands from 
the carbonyl carbon are not located in the spectral region 
60–110 ppm.

 3. Select a CP-MAS experiment and set the recycle delay to 2 s, 
the contact time to 2 ms, the spectral width to 500 ppm, the 
acquisition time to 10 ms and the number of scans to 1,024. 
High power 1H decoupling using either TPPM or SPINAL-64 
at an rf-field strength of at least 62.5 kHz should be employed. 
Likewise both 1H and 13C rf-field strengths should be at least 
62.5 kHz during cross polarization.

 4. Optimize receiver gain and record a FID.

3.2.2 Solid-State 13C CP 
MAS NMR Spectroscopy 
(See Note 5)
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 5. Prior to Fourier transformation zero filling to twice the num-
ber of acquired data points should be performed. Apply no 
line broadening.

 6. Perform automatic phase and baseline correction. Visually 
inspect the spectrum and perform manual phase or baseline 
correction if necessary.

Samples for vibrational spectroscopy are alginate powder used 
without any preparation (see Note 5). By using a diamond attenu-
ated total reflectance (ATR) accessory, solid state sampling is very 
fast and reproducible, but gives less intense absorption intensity 
(few bounces in the ATR) than can be achieved by using classical 
transmission spectroscopy based on KBr pellet technology. The 
method reported here is described for a FT-IR spectrometer 
equipped with a single bounce diamond ATR accessory [14]. 
Representative FT-ATR-IR alginate spectra are shown in Fig. 3.

 1. Clean and dry the diamond ATR crystal and record a back-
ground spectrum with no sample.

 2. Place 1–2 mg of sample on the ATR crystal—just enough to 
cover the crystal surface. Apply pressure (by the pressure arm) 
to obtain maximal contact (highest absorbance) and record an 
IR spectrum using a resolution of 4 cm−1 and 16 scans in the 
range 4,000–650 cm−1 (see Note 6).

The calibration models for the determination of the M/G-ratio are 
obtained by the same procedure for all the vibrational spectro-
scopic methods [14]. Only the procedure described for the IR data 
is described here.

3.3 Vibrational 
Spectroscopy 
(Example: IR 
Spectroscopy)

3.4 PLSR Model 
Building
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The chemometric calibration model is built from a sample-set 
from which both IR spectra are recorded (denoted variable) and a 
reference M/G ratio measured by 1H NMR (liq.) calculated as 
described in Subheading 3.2.1 (dependent variable denoted the 
y-variable) (Fig. 4). The IR spectra will be contained in a matrix, X, 
with the dimensions samples × wavenumbers and the reference val-
ues from NMR will be contained in a vector with the dimension 
samples × 1. Any chemometric software and some instrument ven-
dor software packages can handle the procedure described here.

The sample-set has to be chosen to cover all the variation (sea-
son, batch, etc.) that the final prediction model is expected to 
cover in a high throughput setup. The number of samples in a 
minimal setup is typically about 100. From the data-set a subset of 
samples (approx. 25 % of the total) is selected as a validation test- 
set. The remaining data-set is used as a calibration-set for building 
the calibration model. After optimization the test-set is used to 
validate the model. The validation test-set should cover approxi-
mately the same M/G range, though selected randomly. True trip-
licate (or more) measurements are preferred to cover NMR 
integration variation as well as variations due to a small sampling 
size from one large sodium alginate batch. This critical sampling 
issue will not be further addressed here.

It is recommended to inspect the spectral calibration-set using 
unsupervised models like Principal Component Analysis (PCA) 
[16]. The model is composed of a number of Principal Components 
(PCs) with associated scores and loadings. Normally, few PCs are 
required to explain the entire systematic variation in the spectral 
data-set—in this case the number of PCs used was less than 6 for 
all models (NMR, Raman, NIR, and IR) and 4 for the IR model 
[14]. Inspection of the PCA-model scores-plot is done to reveal 

M/G ratio from solution-
state NMR spectra

0.5

.

.

.

.

.

2.1

IR spectra of 100 alginate samples

Multivariate 
model (PLSR)

PLSR model: y = b + a1x1 + … + b1150 x1150 + e

7009001100130015001700

X: Y:

Wavenumber (cm-1)

Fig. 4 Scheme demonstrating the correlation between the 1,150 wavenumbers (1,800–650 cm−1) of the IR 
spectra of 100 samples of sodium alginate (X-matrix) with 100 M/G ratios (y-vector) as determined by 1H 
liquid- state NMR
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outliers or subclasses within the data-set (see Note 7) and further-
more to test different preprocessing tools for the IR spectra 
(X-variables). When using the ATR sampling device, preprocessing 
(second derivatives or multiplicative scatter correction (MSC) 
[17]; see Note 8) of the data is normally used in order to remove 
scatter effects and hence optimize the PCA model towards the rel-
evant chemical information. Inspection of the PCA-model load-
ings can reveal which of the X-variables contributes to any observed 
classification/outlier.

Beware when transferring the independent variable, i.e., the 
M/G ratio into the chemometric software that alignment of each 
y-variable must be correctly aligned with the sample ID as loaded 
with the spectral X-variables. The response y-variable should be 
mean centered prior to PLSR modeling. A supervised PLSR-model 
is built using the full spectral range and evaluated using the valida-
tion test-set. For model comparisons a plot of predicted y versus 
measured y as well as the parameters r2 (model linearity) and RMSEP 
(Root Mean Squared Error of Prediction) are used to evaluate the 
model (Fig. 5). For a parsimonious and robust model, the number 
of PCs and the prediction error should be as low as possible explain-
ing as much of the variation as possible with the squared correlation 
coefficient, r2, as close to 1.00 as possible. The prediction model 
can be optimized using variable selection. This can optimally be 
performed by using interval based PLSR (as iPLS; [18]) for 
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narrowing the spectral range with the highest correlation to the 
M/G-ratio. In case of the IR spectra to M/G ratio the optimum 
was found to be the broad spectral range of 650–1,800 cm−1.

In Fig. 6 is depicted a summary of the PLSR-model building 
workflow.

Maintenance of the PLSR prediction model is the last step to 
be mentioned in this section. Following the implementation of a 
PLSR-model in the laboratory or factory it is important to con-
sider the following issues:

●● Check the sampling method and the instrument performance 
by frequent use of reference samples with known y-values.

●● Implement a warning method for outlying samples that do not 
fit the model well or is y-extremes. Outlying samples are impor-
tant because they contain variation not observed in the calibra-
tion samples: highly impure samples, new biological origin 
samples, fraud samples, etc. (often a sample-to-model distance 
measure—Mahalanobis or similar—is an integral part of the 
chemometric software).

●● If new sample types are to be included in the model: test if they 
are outliers in the existing model and, if they are, then extend 
the PLSR model by including a larger set of the new sample 
types. Revalidate the quality of the new PLSR model.

The 13C CP-MAS spectra of alginates are shown in Fig. 7 with a 
number of well-defined resonances based on liquid-state 13C NMR 
assignments [10]. Due to overlapping resonances in integration are 
ruled out for quantification of individual carbon sites and attempts 

3.5 MCR/Multivariate 
Curve Resolution

• Record IR spectra , preprocess the spectra
• PCA to identify classes, potential outliers
• Select samples for calibration and validation data sets

• Load reference NMR data of M/G ratio
• PLS model: calibrate IR spectra to M/G-ratio
• Validate the predictive PLS model (RMSECV)

Start to rapidly predict M/G-ratio of new sodium alginate samples

• Collect sample library: minimum 50-100 sodium alginate samples

• Ref. data: record 1H NMR spectra to obtain M/G ratio’sRef. method

IR + PCA
model

PLSR
model

Fig. 6 Summary of the workflow for building a PLSR model of sodium alginate based on IR spectra and the M/G 
ratio determined by 1H liquid-state NMR
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to deconvolve the resonances using a standard deconvolution 
approach resulted unambiguously in strong biases and nonlinear 
effects. However, the unsupervised multivariate method Multivariate 
Curve Resolution (MCR) [19, 20] was able to provide a deconvo-
lution of the alginate spectra into just two components: a poly-
mannuronic like spectrum and a poly-guluronic like spectrum [13].

MCR is similar to PCA, but without the PCA-constraint that 
the PCs must be orthogonal. In the ideal case MCR can provide 
loadings which are spectra of the pure components in the mixture 
and related scores which are good estimations of the concentra-
tions of the mixture components. The MCR model is shown in 
Fig. 8. Just like in the case of PCA and PLSR, only a few compo-
nents should be required in order to make a good parsimonious 
multivariate model. In contrast to PCA, MCR requires a guess for 
S (pure spectra) in order to initiate the algorithm. MCR is in 
 practise often implemented using Alternating Least Squares (ALS), 
which is slowly converging; therefore it is often implemented with 
non-negativity constraints on both the concentrations and the 
spectra when applied to spectroscopic data (see Note 9).

Beware that the MCR solutions are generally not unique (more 
than one solution) which is due to the so-called rotational ambi-
guity. Hence, for any specific MCR model, uniqueness must be 
assessed before the solution can be assumed to be providing esti-
mates of real chemical analytes [20].
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However, in the case of 13C CP-MAS spectra it was demon-
strated that the two component MCR generated scores could be 
directly translated into the M/G ratio of the investigated alginates 
[13]. Figure 9 shows the result of the M/G prediction from the 
MCR model compared to the prediction performance of the IR 
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model and it shows an almost perfect match (r2 = 0.99). The two 
solid state methods compare well which is not always the case when 
they are compared to the solution NMR method. In cases of high 
calcium content the solution state reference method underestimate 
the G content because the junction zone guluronic egg-box frag-
ments become rigid and thus not visible to the solution NMR 
methods. This can, and should, normally be overcome by using a 
chelating agent in the reference method, but for the solid state 
methods high calcium contents represents no problem.

4 Notes

 1. Typically six samples can be hydrolysed per day per person.
 2. The use of a heat-resistant pyrex conical flasks and a hot plate 

with magnetic stirring is recommended as is the use of reflux- 
condensers during the reflux period.

 3. Start with the 1 M solution. When the pH is close to 5.6 
adjust with the 0.1 M solution. Notice that the solution reacts 
very slowly.

 4. The chelating agent THAA is used to react with Calcium ions 
in the sodium alginate in order to minimize line-broading due 
to network formation between. EDTA is less appropriate due 
chemical shift overlap with the protons under investigation.

 5. Examples of applications can be found in refs. 11–13.
 6. The particle size may have an influence on the intensity of the 

spectrum obtained. The intensity of the spectrum also depends 
on how much sample and pressure (by the pressure arm) that 
is applied. Alternative the sample can be milled and sieved to 
obtained uniform particle size of the samples. Multiplicative 
scatter correction (MSC) might be able to compensate for any 
observed drift of the baseline. This has to be evaluated in a 
pretest after evaluation of the range of particle size in the sam-
ple set at hand.

 7. The reason for outlying samples could typical due to impuri-
ties not identified during the partial hydrolysis for NMR or a 
sodium alginate powder with a particle size larger than the 
other samples. Large particle size might give rise to low IR 
absorbance due to decrease in the contact surface with the 
ATR accessory.

 8. Preprocessing of the IR spectra can be performed batch-wise 
in the chemometric software packages as well as in some 
instrument vendor software. Second derivative spectra, 
Multiplicative Scatter Correction (MSC) and Standard Normal 
Variate (SNV) are improving baseline differences. In ref. [14] 
Extended Inverted Scatter Correction (EISC) or Extended 
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 1. Aarstad O, Strand BL, Klepp-Andersen LM 
et al (2013) Analysis of G-block distributions 
and their impact on gel properties of in vitro 
epimerized mannuronan. Biomacromolecules 
14:3409–3416. doi:10.1021/bm400658k

 2. ASTM (2012) Active standard ASTM F2259, 
p 5

 3. Grasdalen H (1983) High-field, H-1-NMR 
spectroscopy of alginate – sequential structure 
and linkage conformations. Carbohyd Res 
118:255–260. doi:10.1016/0008-6215(83) 
88053-7

 4. Grasdalen H, Larsen B, Smidsrod O (1979) 
NMR study of the composition and sequence 
of uronate residues in alginates. Carbohyd 
Res 68:23–31. doi:10.1016/s0008-6215(00) 
84051-3

 5. Salomonsen T, Jensen HM, Larsen FH et al 
(2009) The quantitative impact of water sup-
pression on NMR spectra for compositional 
analysis of alginates. In: Guðjónsdóttir M, 
Belton P, Webb G (eds) Magnetic resonance in 
food science. Royal Society of Chemistry, 
London, pp 12–19. doi:10.1039/97818475 
59494-00012

 6. Vilen EM, Klinger M, Sandstrom C (2011) 
Application of diffusion-edited NMR spectros-
copy for selective suppression of water signal in 
the determination of monomer composition in 
alginates. Magn Reson Chem 49:584–591. 
doi:10.1002/mrc.2789

 7. Chhatbar M, Meena R, Prasad K et al (2009) 
Microwave assisted rapid method for hydrolysis 
of sodium alginate for M/G ratio determina-
tion. Carbohyd Polym 76:650–656. 
doi:10.1016/j.carbpol.2008.11.033

 8. Li LY, Jiang XL, Guan HS et al (2011) 
Preparation, purification and characterization 
of alginate oligosaccharides degraded by 
 alginate lyase from Pseudomonas sp. HZJ 216. 
Carbohyd Res 346:794–800. doi:10.1016/j.
carres.2011.01.023

 9. Lundqvist LCE, Jam M, Barbeyron T et al 
(2012) Substrate specificity of the recombinant 
alginate lyase from the marine bacteria 
Pseudomonas alginovora. Carbohyd Res 
352:44–50. doi:10.1016/j.carres.2012.02.014

 10. Grasdalen H, Larsen B, Smidsrod O (1981) 
C-13-NMR studies of monomeric composition 
and sequence in alginate. Carbohyd Res 89: 
179–191. doi:10.1016/s0008-6215(00)85243-x

 11. Sperger DM, Fu S, Block LH et al (2011) 
Analysis of composition, molecular weight, and 
water content variations in sodium alginate 
using solid-state NMR spectroscopy. J Pharm 
Sci 100:3441–3452. doi:10.1002/jps.22559

 12. Salomonsen T, Jensen HM, Larsen FH et al 
(2009) Alginate monomer composition stud-
ied by solution- and solid-state NMR – a com-
parative chemometric study. Food 
Hydrocolloid 23:1579–1586. doi:10.1016/j.
foodhyd.2008.11.009

Multiplicative Scatter Correction [21] was evaluated as the 
most promising method. If these methods are available in the 
chemometric software package this is recommended, other-
wise MSC/SNV can be an excellent choice [17].

 9. The MCR algorithm can be obtained from academic sources 
(http://www.mcrals.info/) and is implemented in several of the 
aforementioned commercial chemometrics software packages.

Acknowledgements

The work has been supported by a grant to Tina Salomonsen for 
an Industrial Ph.D. and by a grant from the strategic research 
council to the MicroPAT project under the InSPIRe (Danish 
Industry-Science Partnership for Innovation and Research in Food 
Science) consortium. The Faculty of Science and The Ministry of 
Science and Technology is acknowledged for a grant to the NMR 
metabolomics infrastructure.

References

Henrik Max Jensen et al.

http://dx.doi.org/10.1021/bm400658k
http://dx.doi.org/10.1016/0008-6215(83)88053-7
http://dx.doi.org/10.1016/0008-6215(83)88053-7
http://dx.doi.org/10.1016/s0008-6215(00)84051-3
http://dx.doi.org/10.1016/s0008-6215(00)84051-3
http://dx.doi.org/10.1039/97818475
59494-00012
http://dx.doi.org/10.1039/97818475
59494-00012
http://dx.doi.org/10.1002/mrc.2789
http://dx.doi.org/10.1016/j.carbpol.2008.11.033
http://dx.doi.org/10.1016/j.carres.2011.01.023
http://dx.doi.org/10.1016/j.carres.2011.01.023
http://dx.doi.org/10.1016/j.carres.2012.02.014
http://dx.doi.org/10.1016/s0008-6215(00)85243-x
http://dx.doi.org/10.1002/jps.22559
http://dx.doi.org/10.1016/j.foodhyd.2008.11.009
http://dx.doi.org/10.1016/j.foodhyd.2008.11.009
http://www.mcrals.info/


363

 13. Salomonsen T, Jensen HM, Larsen FH et al 
(2009) Direct quantification of M/G ratio 
from 13C CP-MAS NMR spectra of alginate 
powders by multivariate curve resolution. 
Carbohyd Res 344:2014–2022. doi:10.1016/j.
carres.2009.06.025

 14. Salomonsen T, Jensen HM, Stenbaek D et al 
(2008) Chemometric prediction of alginate 
monomer composition: a comparative spectro-
scopic study using IR, Raman, NIR and NMR. 
Carbohyd Polym 72:730–739. doi:10.1016/j.
carbpol.2007.10.022

 15. Wold S, Martens H, Wold H (1983) The mul-
tivariate calibration-problem in chemistry 
solved by the PLS method. Lect Notes Math 
973:286–293

 16. Hotelling H (1933) Analysis of a complex of 
statistical variables into principal components. 
J Educ Psychol 24:417–441

 17. Rinnan A, van den Berg F, Engelsen SB (2009) 
Review of the most common pre-processing 
techniques for near-infrared spectra. Trend 

Anal Chem 28:1201–1222. doi:10.1016/j.
trac.2009.07.007

 18. Nørgaard L, Saudland A, Wagner J et al (2000) 
Interval partial least squares regression (i PLS): 
a comparative chemometric study with an 
example from the near infrared spectroscopy. 
Appl Spectrosc 54:413–419.  doi:10.1366/ 
0003702001949500

 19. Lawton WH, Sylvestre EA (1971) Self model-
ing curve resolution. Technometrics 13:617–
633. doi:10.2307/1267173

 20. Engelsen SB, Savorani F, Rasmussen MA 
(2013) Chemometric exploration of quanti-
tative NMR data. eMagRes 2:267–278. 
doi:10.1002/9780470034590.emrstm1304

 21. Martens H, Nielsen JP, Engelsen SB (2003) 
Light scattering and light absorbance sepa-
rated by extended multiplicative signal correc-
tion. Application to near-infrared transmission 
analysis of powder mixtures. Anal Chem 
75:394–404. doi:10.1021/ac020194w

Spectroscopic analysis of alginates

http://dx.doi.org/10.1016/j.carres.2009.06.025
http://dx.doi.org/10.1016/j.carres.2009.06.025
http://dx.doi.org/10.1016/j.carbpol.2007.10.022
http://dx.doi.org/10.1016/j.carbpol.2007.10.022
http://dx.doi.org/10.1016/j.trac.2009.07.007
http://dx.doi.org/10.1016/j.trac.2009.07.007
http://dx.doi.org/10.1366/0003702001949500
http://dx.doi.org/10.1366/0003702001949500
http://dx.doi.org/10.2307/1267173
http://dx.doi.org/10.1002/9780470034590.emrstm1304
http://dx.doi.org/10.1021/ac020194w




365

Dagmar B. Stengel and Solène Connan (eds.), Natural Products From Marine Algae: Methods and Protocols, Methods 
in Molecular Biology, vol. 1308, DOI 10.1007/978-1-4939-2684-8_23, © Springer Science+Business Media New York 2015

    Chapter 23   

 Imaging and Identifi cation of Marine Algal Bioactive 
Compounds by Surface Enhanced Raman 
Spectroscopy (SERS) 

           Mats     Josefson    ,     Alexandra     Walsh    , and     Katarina     Abrahamsson    

    Abstract 

   Surface-enhanced Raman spectroscopy (SERS) is a highly selective technique that can be used for imaging 
of single algae cells. In contrast to normal Raman spectroscopy, SERS utilizes light interaction with col-
loidal gold or silver particles working as antennas to match the sensitivity of fl uorescence measurements. 
Furthermore, SERS enables a more profound picture of not only the analyte of interest but also the pres-
ent biological matrix without the need for additional fl uorescence labelling. The introduction of an inter-
nal standard in the form of a thiol self-assembled monolayer (SAM) on the colloidal gold or silver particles 
can be used to normalize the SERS response that otherwise would also depend on the locations of the 
colloid particles in the microscope image. 

 In light of the vast amounts of data that is generated in each spectrum and the large variance in 
enhancement signal, multivariate analysis is necessary for accurate evaluation. This can be done by the use 
of transposed orthogonal projections to latent structures (T-OPLS), where the variations of properties in 
the reference spectra,  Y  table, and the variation in spectra,  X  table, are correlated.  

  Key words     Macroalgae  ,   Microalgae  ,   Resonance Raman spectroscopy  ,   SAM  ,   SERS  ,   T-OPLS  

1      Introduction 

 Chemical imaging with Raman spectroscopy can be used to iden-
tify and determine the spatial distribution of individual compounds. 
Optical spectroscopic imaging techniques balance the qualitative, 
quantitative, and spatial information gained of compounds in a 
sample. Fluorescence and Raman imaging are by far the most com-
mon techniques, where fl uorescence imaging has been superior in 
sensitivity and quantitative information gained, but lacks selectivity 
and the ability to positively identify single compounds. Thus, the 
role of Raman spectroscopy in imaging has so far mostly been lim-
ited to solid-state analysis and studies of concentrated samples. 
Recently, the technique has been applied to biological systems such 
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as studies of the distribution of biomolecules on algal surfaces and 
within single algal cells [ 1 – 3 ]. 

 The introduction of surface enhanced Raman spectroscopy 
(SERS) has cancelled out the difference in sensitivity between fl uo-
rescence and Raman spectroscopy, but retains the innate ability of 
the latter to identify single compounds. As a bonus, Raman spec-
troscopy not only gives information about the identity of com-
pounds but also about their local environment, which can be used to 
study interaction between the compounds and their environment. 

 The major diffi culties with SERS originate from the lack of 
control over the nanoscale surface of the substrate used for 
enhancement, interaction between substrate and environment, and 
also interactions between colloids when colloidal substrates are 
used [ 4 ,  5 ]. The variation in enhancement resulting from these 
processes causes the signal obtained to be more related to the 
amount of enhancement than concentration of the compound 
studied. On a macroscale this variation is less of a problem, since 
the average enhancement is quite stable but on microscale or 
nanoscale mechanisms for compensation of the enhancement are 
necessary. Labelling of substrates by internal standards, such as the 
thiol self-assembled monolayers (SAMs), is the most versatile of 
the approaches to control surface enhancement [ 4 ,  5 ]. 

 Multivariate evaluation of data is a necessity due to the amount 
of information available in each spectrum and image in combination 
with low signal to noise levels, but this brings its own set of chal-
lenges. The large variation in surface enhancement inherent in SERS 
combined with internal standard to control enhancement results in 
a ratiometric multivariate model, which is sensitive to variation in 
the spectral background. Surface enhanced background and inter-
fering processes, such as fl uorescence, are easily handled on a spec-
trum-to-spectrum basis when each solution can be tweaked but are 
considerably more diffi cult when the evaluation is automated. 

 One way to address this is orthogonal partial least squares 
(OPLS). Standard OPLS is a mathematical projection method for 
one  X  and one  Y  table. OPLS delivers the projection of the largest 
variation in  X  that is correlated to the variation in  Y . Standard 
OPLS is used by placing measured spectra on rows in the  X -table. 
The collective profi le of one spectrum is also called an observation. 
The  Y -table will contain properties paired with each observation. 
Examples of these properties are concentrations of the chemical 
components present in the paired spectrum. In other words, an 
OPLS model is a multivariate regression model where the variation 
of the properties in  Y  is correlated with the multivariate spectral 
variation in  X . 

 The main feature of OPLS is that it provides the projection in 
two parts: the predictive variation  p  that is correlated with  Y  and 
the orthogonal variation  po  that is present above the noise level 
but is uncorrelated to  Y . To use standard OPLS, we would need 
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more than one Raman spectrum with known concentrations to 
build a multivariate model. This is not practically possible for bio-
logical matrices in general. However, with transposed orthogonal 
projections to latent structures (T-OPLS) it is possible to utilize 
the two part separation to describe spectral variation of known 
reference spectra in the fi rst predictive part ( p ) and the remaining 
variation of spectra without separate reference in the second 
orthogonal part ( po ). 

 In T-OPLS, the standard OPLS algorithm [ 6 ] is used, but 
spectral data is arranged column wise. The result of this arrange-
ment is that content of loadings and scores has switched compared 
to normal OPLS. The predictive loadings now contain relative 
measures for the amount of compound present for each reference 
spectrum. The scores contain spectral profi les as interpreted by the 
model. In SERS with internal standard there will be at least two 
references, one for the analyte and one for the internal standard, 
and there will be two sets of predictive loadings  p  1  and  p  2 . T-OPLS 
has been used to study the distribution of carotenoids in algae and 
to estimate the distribution of a biologically active compound 
(bromoheptanone) on the surface of a read alga [ 2 ,  3 ]. 

 With a reference spectrum of the compound of interest it is 
possible to use T-OPLS to map the correlation of only the specifi ed 
reference or set of references even if the sample contain other 
major spectral variation. A simpler example without SERS and 
internal standard is shown in Fig.  1a  where the carotenoid distri-
bution of  Dunaliella  is shown from a hyperspectral resonance 
Raman image after the processing by T-OPLS. Additionally it is 
possible to map other chemical compounds not present as a refer-
ence in subsequent images that are separated from the referenced 
compound (Fig.  1b, c ).  

 T-OPLS can be used to put the question: how much of the 
pattern in this reference spectrum is present in a set of spectra 
acquired from one or more hyperspectral Raman images? 

  Fig. 1    Reconstructed images of carotenoid variation in  Dunaliella  from a T-OPLS treated hyperspectral Raman 
image. ( a ) The predictive loading correlating with beta-carotene, ( b ) the fi rst orthogonal loading describing one 
or more carotenes not correlating with beta-carotene, ( c ) the second orthogonal loading describing another 
variation around 1,520 cm −1  indicating the presence of a third slightly dissimilar Raman carotenoid profi le       
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 In this example, the purpose of T-OPLS is to map or correlate 
all image spectra with one reference spectrum for the analyte. 
There is no requirement to have spectra of all chemical compo-
nents in the image, but the spectral response should be linear. 
Spectral data should contain non-correlated variations of the 
amount of chemical components in the acquired spectra to yield a 
good result. The natural random variation in hyperspectral images 
is usually suffi cient to provide non-correlated spectral variations. 
The OPLS model fails to separate chemical components if they 
have the same proportions in every part of the image. 

 The T-OPLS  t  1  and  t  2  contains the combined spectral features 
of the analyte and the internal standard, if present. These profi les 
should be similar to the references and can be used to verify the 
OPLS model. The score spectra  t  1  and  to  1  for the  Dunaliella  
T-OPLS model are shown in Fig.  2 . The  t  1  contains a reproduction 
of the reference spectra from model data. The  to  1  contains the joint 
spectrum of other carotenoids, not present in the reference but still 
present in the alga  Dunaliella . The main difference is small but can 
be seen as a shift in the largest peak just above 1,500 cm −1 .  

 In this chapter we present one example of how to evaluate 
resonance Raman spectra with T-OPLS in order to identify the 
distribution of natural products in complex matrices such as algae. 
In the end of the chapter, the authors have listed notes that account 
for their personal experiences surrounding experimental setup and 
multivariate data analysis.  

  Fig. 2    Predictive ( solid line ,  t  1 ) and fi rst orthogonal ( dotted line ,  to  1 ) score spectra in arbitrary units (offset and 
scaled to compare spectral peak positions). The score spectra are from the T-OPLS model of  Dunaliella  aimed 
to describe the variation of carotenoids from the hyperspectral Raman image. The main difference in the domi-
nant peak is that the maximum is at 1,518 cm −1  for the predictive part and at 1,522 cm −1  for the orthogonal part       
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2    Materials 

       1.    10 mM MBN stock solution: weigh 1.35 mg 4-mercapto ben-
zonitrile (MBN). Transfer to 15 mL Falcon tube and dissolve 
in 10 mL ethanol. Store at room temperature.   

   2.    1 mM MBN coating solution: dilute 1 mL of MBN stock 
solution with 10 mL ethanol. Store at room temperature in a 
Falcon tube.   

   3.    Gold colloids (60 nm) suspended in water (BBI Solutions, 
UK) ( see   Note 1 ). Store at 6–8 °C.      

       1.    Any algal sample.   
   2.    Lab-Tek chamber slides. Select well size according to the 

dimensions of algal samples.   
   3.    Glass coverslips.      

       1.    Spectra collection: confocal Raman spectrometer, e.g., 
Labram, with an inverted confocal microscope equipped with 
a 100× objective.   

   2.    Detector: charged couple device (CCD).   
   3.    Laser: 785 nm diode, power 40 mW ( see   Notes 2  and  3 ).      

       1.    Conversion tool: tool to convert from microscope hyperspectral 
image format to a general formats, such as HDF5 or MATLAB.   

   2.    Multivariate analysis: SIMCA-P 13.0 (MKS Umetrics AB, 
Sweden) or alternative software that has OPLS.   

   3.    Image presentation: routines from Matplotlib [ 7 ] were used 
with Python 2.7.       

3    Method 

 Algae preparation and measurement procedures are to be carried 
out during the same day, at room temperature. Multivariate data 
analysis can be carried out at any point in time ( see   Notes 4  and  5 ). 

       1.    Add 150 μL of colloidal solution and 150 μL of MBN coating 
solution into each 1.5 mL Eppendorf tube and leave to coat 
for at least 48 h at 6–8 °C. Longer storage does not affect the 
quality of the self-assembled monolayer [ 8 ].   

   2.    After the coating process, centrifuge the tube for 5 min at 
2,040 ×  g . Remove carefully the supernatant and resuspend the 
pellet in 300 μL Milli-Q water. Repeat the centrifuging proce-
dure. Wash thus three times. After the last washing, remove as 
much of supernatant as possible and preserve the colloidal pel-
let. The pellet should be used directly after washing.      

2.1  Colloid Coating 
Components

2.2  Algal Preparation

2.3  Instrumentation

2.4  Data-Processing 
Software

3.1  Coating 
of Colloids
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       1.    Spread out algal tissue sample in a Lab-Tek glass chamber.   
   2.    Resuspend the colloidal pellet in 50 μL Milli-Q to be spread 

over the algal sample, which then is covered by a coverslip to 
keep it fi xated under the microscope [ 3 ].   

   3.    Prepare at least one coverslip with algae as blank (no colloids) 
and one coverslip with non-coated colloids, and then optional 
amount of coverslips with MBN-coated colloids ( see   Note 6 ).      

       1.    Set the spectral range at 251–1,999 cm −1  ( see   Note 7 ).   
   2.    Measure each spectrum three times with acquisition time of 

3 s ( see   Note 8 ).   
   3.    Scan the algae in  xy  plane in 1 μm steps and mean area of 

10 × 10 μm 2 . This created 2D maps of the sample area. The 
algae can also be mapped in layers in  z  axis with 1 μm separa-
tion between each layer [ 3 ].      

       1.    Convert microscope hyperspectral data to a general format. 
For the exemplifi ed equipment, in-house software to unfold 
hyperspectral TIFF images from the instrument was used. If 
spectra are acquired during many days, check that the wave-
number scales are consistent ( see   Note 9 ).   

   2.    Unfold spectra, i.e., take converted spectra from the image 
and put them in a two-dimensional table. Index each spec-
trum with its image number and  x  and  y  coordinates for the 
original image pixel. If more than one physical layer is acquired 
from the sample, keep the image layer in the index as well. 
These operations can be carried out in MATLAB (The 
MathWorks, Inc., Natick, MA, USA) or in Microsoft Excel.   

   3.    Remove spikes caused by cosmic rays from the spectra. Inspect 
each spectrum using MATLAB, Simca-P, or other plotting 
tool. Keep a log of all spike positions and then remove corre-
sponding spectral values from the dataset, e.g., directly in the 
multivariate software ( see   Note 10 ).   

   4.    Put the image spectra, reference spectrum for the analyte, and 
the internal standard reference spectrum for MBN as columns 
in the software for OPLS calculations ( see   Note 11 ).   

   5.    Make a PCA model with centered but unscaled spectra to 
check the presence of outliers. Here additional spectra with 
undetected spikes from cosmic rays may turn up.   

   6.    Set the image spectra as  x -variables (columns) and the refer-
ence spectra as  y -variables. Make an OPLS model with unit 
variance scaling for  X  and  Y . Observe the score spectra 
( see   Note 12 ). Are these similar to the reference spectra but 
maybe with a bit more noise? Then we are on the right track 
( see   Notes 13 – 15 ).   

3.2  Preparation 
of Algae for 
Measurement

3.3  Instrument 
Parameters

3.4  Data Treatment 
and Transposed OPLS 
Calculations
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   7.    Plot the predictive loadings for the analyte and the internal 
standard (MBN) as  Y -related profi les [ 9 ].   

   8.    With acceptable output from the T-OPLS modelling, take the 
predictive loadings for the analyte and the internal standard. 
With two references there will be two sets of predictive loadings 
 p  1  and  p  2 , one for the analyte and one for the internal standard. 
The maximum readings of  p  1  and  p  2  indicate the maximum 
presence of the analyte and internal standard respectively.   

   9.    Export the  Y -related profi les and orthogonal loadings from 
the multivariate software for further calculations.   

   10.    Scale the  Y -related profi les  p  1  and  p  2  to be in the range 0–1 
where the zero level is defi ned either by well-defi ned baselines 
or sample blanks ( see   Note 16 ). Divide the analyte signal from 
each pixel with the MBN signal from the corresponding pixel. 
In this way the irregular positioning of the colloid particles in 
the micro scale and the variations in colloid response depend-
ing on colloid aggregation will be accounted for.   

   11.    Reconstruct the image resulting from the division using the 
indices for the image, image layer, and pixel coordinates. The 
resulting images show relative measures of the analyte over the 
mapped surface.       

4    Notes 

     1.    The size of the colloid spheres varies between 57 and 63 nm 
according to manufacturer [ 3 ].   

   2.    Let the laser run at least 15 min before proceeding to 
measurements.   

   3.    Other laser wavelength can be used as well, such as 514 nm 
but longer wavelength lasers, e.g., 785 nm, are often preferred 
if there are problems with fl uorescence.   

   4.    It is easy to get lost among all spectral fi les! When acquiring 
spectra, make sure to assign each measurement as detailed and 
unique fi le name as possible.   

   5.    It is recommended to acquire adequate basic training in mul-
tivariate data analysis before attempting to fi nalize results 
based on the OPLS calculations.   

   6.    Although the method we have chosen to present here is suc-
cessful in accumulating colloidal matter inside living cells [ 10 ] 
in order to achieve enhancement, the colloids cannot pene-
trate the algal cell wall. Thus, all SERS enhancements that 
could be measured are produced from colloids on the surface 
of algae. However, another group has described a method for 
growing gold nanoparticles directly inside the algae [ 11 ], but 
this approach eliminates the use of self-assembly monolayers as 
internal standards.   
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   7.    Observe the amount of orthogonal OPLS components needed 
to make the model and inspect the corresponding score spec-
tra. If many orthogonal components are generated but with 
noisy score profi les without spectral shape, it is highly proba-
ble that we over-fi t the data. If there are few orthogonal com-
ponents that contain distinct spectral features we have a better 
model. Also check the statistics from cross validation and fol-
low advice for regular OPLS modelling.   

   8.    If you need two grating settings in a microscope to cover the 
full wavenumber range, the measurements can be much 
quicker if you restrict to use only one grating and adapt the 
range to distinct features in the algal spectra and also of the 
MBN spectrum. This also facilitates the multivariate evalua-
tion since we do not get a splice between the regions of the 
two grating settings.   

   9.    Longer exposure times can produce photobleaching of algal 
pigments.   

   10.    If individual spectra have a large contribution of fl uorescence 
they may need to be removed completely but will render 
empty pixels in the fi nal image reconstruction.   

   11.    The T-OPLS method works well also in situations when an 
internal standard is not needed, provided that the analyte has 
a spectrum under the measurement conditions. One example 
is the resonance Raman image of  Dunaliella  given as an exam-
ple above ( see  Figs.  1  and  2 ). In this case the spectra were not 
unit variance scaled but only centered in the T-OPLS model. 
Here, the predictive loadings were used directly without the 
transformation to a  Y -related profi le, rescaling to a 0–1 scale, 
or division.   

   12.    You may use Pareto scaling in order to not to over emphasize 
spectral baseline variation.   

   13.    If there are large features of MBN also in the orthogonal score 
spectra of the single  y  T-OPLS model for the MBN, this is an 
indication that the data are not fully linear [ 12 ] and another 
wavenumber range should be attempted.   

   14.    The most favorable case is when the predictive loadings have a 
baseline in the bottom and signal excursions towards higher 
magnitudes. With smaller signal-to-noise ratio and without 
suffi cient spectral separation, the loadings will contain more 
negative spikes. In this case, try to select a wavenumber range 
with unique similar size peaks for both the analyte and the 
internal standard. Alternatively, make one separate T-OPLS 
model for the analyte and one for the internal standard. With 
separate models, different wavenumber ranges can be 
attempted for the two T-OPLS models ( see  Fig.  3 ).    
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   15.    All multivariate models are sensitive to frequency/wavenum-
ber drift. This means that it essential to keep track of the wave-
number calibration during each measurement day, e.g., 
through the use of a wavelength standard. If the frequency 
calibration changes with time and data from different mea-
surement occasions are used together, all spectral data used 
together must have a common  x -scale. This can be achieved by 
re-interpolation of spectra that have a misfi t in relation to 
spectra taken at a different time.   

   16.    The minimum readings of  p  1  and  p  2  should be defi ned by 
images of the same type of sample but with the internal stan-
dard absent and, if possible, by a corresponding image with 
the analyte absent. Alternatively, the analyte baseline can be 
identifi ed by a line plot of  p .         

  Fig. 3    ( a ) Full range reference spectra of 1,1,3,3-tetrabromo-2-heptanone 
( lower ) and MBN ( upper ). Actual optimized ranges used in ref. [ 3 ]; ( b ) the refer-
ence ( solid ), predictive ( dotted ), and fi rst orthogonal ( interrupted ) scores spectra 
of 1,1,3,3- tetrabromo-2-heptanone; ( c ) the internal standard reference ( solid ), 
predictive ( dotted ), and fi rst orthogonal ( interrupted ) scores spectra of MBN. 
T-OPLS models with separate ranges were used for the analyte and the internal 
standard to avoid an MBN contribution in the orthogonal loadings. N.B. fi rst 
orthogonal scores spectrum in ( c ) does not show any MBN peaks       
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Chapter 24

In Vitro Protocols for Measuring the Antioxidant Capacity 
of Algal Extracts

Owen Kenny, Nigel P. Brunton, and Thomas J. Smyth

Abstract

In the last decade a large amount of research has been directed at targeting algal resources for biologically 
active molecules. High-throughput in vitro antioxidant assays are routinely used to screen for biologically 
active compounds present in algal extracts when the requirement is to identify samples for progression to 
more detailed biological scrutiny. Whilst a myriad of antioxidant assays have been developed, this present 
chapter aims to give step-by-step practical guidance on how to carry out some of the most popular and 
biologically relevant assays at the bench.

Key words Algal extracts, Antioxidants, Fluorescence assays, Preventative oxidation assays, Radical 
scavenging assays, Redox assays

1 Introduction

Macroalgae are a potentially abundant, sustainable, and underuti-
lized source of compounds with useful biological properties [1–4]. 
Screening for biologically active compounds in a large number of 
algal species and extracts usually involves the initial use of high- 
throughput assays to eliminate samples with limited activity. 
Compounds with antioxidant activity often have other useful bio-
logical properties related to their ability to scavenge free radicals 
such as antimicrobial [5], anti-inflammatory [6], and antihyper-
tensive [7] activities, and for this reason researchers often use high- 
throughput in vitro antioxidant activity assays as their initial screen. 
Unfortunately there is no single agreed upon method for assessing 
antioxidant activity, and over time, a myriad of techniques have 
been developed, each using different free radicals, probes and pro-
tocols [8]. In simplest terms, antioxidant activity can be defined as 
the ability of a compound to scavenge free radicals from a substrate 
when present at a concentration lower than the substrate [9]. 
Therefore, most antioxidant assays measure the ability of a com-
pound to scavenge either stable free radicals or those induced or 
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produced as part of the assay. In addition, in vitro antioxidant 
assays can be divided into those that employ a nonbiological sub-
strate and those that measure the ability of the compound to pro-
tect a biological substrate from attack by a free radical [10]. Whilst 
assays involving a biological substrate can give very useful informa-
tion on the behavior of antioxidant species in foods or other bio-
logical systems, they are often much more expensive and time 
consuming than their nonbiological counterparts. For this reason 
most high-throughput antioxidant assays employ a nonbiological 
substrate. Screening for biologically relevant samples is often car-
ried out as the next step.

Therefore, the present chapter concentrates mostly on describ-
ing detailed protocols for a range of high-throughput antioxidant 
assays employing nonbiological substrates as the probe. These 
assays can again be divided into two categories: Hydrogen atom 
transfer assays (HAT) measure the capacity of an antioxidant to 
quench free radicals by hydrogen donation [11]. The oxygen radi-
cal absorbance capacity (ORAC) assay is an example of this type of 
assay. Single electron transfer (SET) methods measure the capac-
ity of a potential antioxidant to transfer one electron to a com-
pound. There are many examples of this type of assay including 
the ferric ion reducing antioxidant power (FRAP), the Trolox 
equivalent antioxidant capacity (TEAC), and 2, 2-diphenyl-
1-picrylhydrazyl (DPPH) assays. It should be noted that HAT 
assays are the preferred choice as hydrogen donation is the route 
followed in vivo [12].

Whilst it is important to keep in mind the mechanism by which 
an assay operates, the present chapter concentrates on the practical 
aspects of assay employment and, thus, divides the descriptions of 
the protocols into four categories, which relate to this aspect. The 
first category covers radical scavenging assays in which the end 
point is monitored by either the disappearance or generation of a 
distinct chromophore. Redox assays measure the ability of the anti-
oxidant to scavenge free radicals from a compound that can exist in 
more than one oxidation state. In most cases the redox species is a 
transition metal. Fluorescence assays use the ability of the antioxi-
dant to protect a fluorescent compound from free radical attack 
[13]. Thus the end-point is usually measured as a disappearance of 
fluorescence. Finally, a number of high-throughput assays operate 
by monitoring the ability of the antioxidant to protect an oxida-
tively labile compound from oxidation [14]. Most of these assays 
use a biologically relevant oxidatively labile probe such as an unsat-
urated fatty acid or a carotenoid. While a large number of in vitro 
antioxidant assays have been developed, it is beyond the scope of 
this chapter to discuss them all. Rather, the aim here is to provide 
detailed practical guidance for researchers intending to carry out 
the most commonly used assays applied to algal species and extracts.
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2 Materials

Following the extraction of metabolites from macroalgal samples, 
of which there are a number of different methodologies to choose 
from, extracts need to be suitably prepared for the screening of 
their antioxidant activity. Subsequently, organic solvent extracts 
should be dried under nitrogen or with the aid of a rotary evapora-
tor, while aqueous extracts should be freeze-dried. Where appro-
priate, analytical grade reagents and deionized water should be 
used for the preparation of solutions and/or reagents. Reagents 
should be prepared freshly and stored as outlined in brackets below. 
Consult material safety data sheets (MSDS) for disposal of reagents 
and adhere to guidelines specific to each laboratory for disposal of 
reagents and organic solvents.

 1. DPPH solution (0.12 M): weigh 23.5 mg of DPPH 
(2,2- diphenyl-1-picrylhydrazyl 1,1-diphenyl-2-picrylhydrazyl 
radical, C18H12N5O6) reagent into a 100 mL volumetric flask. 
Add 50 mL of methanol and dissolve (see Note 1). Adjust to 
100 mL using methanol. Dilute this solution (0.6 M) with 
methanol (1:5, v/v) to obtain the 0.12 M DPPH solution (see 
Note 2) (fridge, weekly).

 2. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of methanol and dissolve 
(daily).

 3. Methanol.

 1. ABTS solution (7 mM): weigh 36 mg of ABTS (2,2′-azino-
bis(3-ethylbenzothiazoline-6-sulphonic acid), C18H18N4O6S4) 
into a 10 mL volumetric flask. Add 5 mL of distilled water and 
dissolve. Adjust to the mark with distilled water (daily).

 2. Potassium persulfate solution (2.45 mM): weigh 4.41 mg of 
potassium persulfate (K2S2O8) into a 10 mL volumetric flask. 
Add 5 mL of distilled water and dissolve. Adjust to the mark 
with distilled water (room temperature, weekly).

 3. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into a 
2 mL eppendorf tube. Add 1 mL of ethanol and dissolve (daily).

 4. Ethanol.

 1. DMPD solution (100 mM): weigh 209 mg of DMPD  
(N,N-Dimethyl-p-phenylenediamine dihydrochloride, 
(CH3)2NC6H4NH2 · 2HCl) into a 10 mL volumetric flask. 
Add 5 mL of deionized water and dissolve. Adjust to the mark 
with deionized water (daily).

 2. Ferric chloride solution (0.05 M): weigh 8.1 mg of ferric chlo-
ride (FeCl3) into a 2 mL eppendorf tube. Add 1 mL of deion-
ized water and dissolve (daily).

2.1 DPPH 
Microtiter Assay

2.2 ABTS Assay

2.3 DMPD Assay

Antioxidant Assays
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 3. 1 M acetic acid: prepare by adding 5.75 mL of concentrated 
glacial acetic acid (17.4 M) to 94.25 mL of deionized water 
(room temperature, monthly).

 4. Acetate buffer (0.1 M, pH 5.3): weigh 8.2 g of sodium acetate 
anhydrous (C2H3NaO2) into a 1 L beaker. Add 800 mL of 
deionized water and dissolve. Adjust to pH 5.3 using 1 M ace-
tic acid. Transfer to a 1 L volumetric flask and adjust to the 
mark with deionized water (room temperature, monthly).

 5. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of methanol and dissolve 
(daily).

 6. Methanol.

 1. Potassium phosphate buffer (50 mM, pH 6.6) containing 
5 mM EDTA and 20 mM sodium borohydrate: weigh 6.8 g of 
potassium phosphate (KH2PO4), 756.6 mg of sodium boro-
hydride (NaBH4), and 1.46 g of EDTA into a 1 L beaker. Add 
800 mL of distilled water and dissolve. Adjust to pH 6.6. 
Transfer to a 1 L volumetric flask and adjust to the mark with 
distilled water (room temperature, weekly).

 2. Hypochlorus acid (HOCl) solution prepare immediately 
before use. Prepare 1 % solution of NaOCl by adding 1 g to 
100 mL of deionized water. Prepare 0.6 M sulfuric acid by 
adding 16.8 mL of concentrated sulfuric acid (18 M) to 
83.2 mL of deionized water. Adjust the 1 % solution of NaOCl 
to pH 6.2 with 0.6 M sulfuric acid (daily).

 3. TNB solution (1 mM): weigh 39.6 mg of 5,5′-Dithiobis(2-
nitrobenzoic acid) (DTNB, (-SC6H3(NO2)CO2H)2) into a 
100 mL volumetric flask. Adjust to 100 mL with the potas-
sium phosphate buffer (50 mM, pH 6.6; see Note 3) (daily). 
Incubate for 30 min at 37 °C prior to use.

 4. Lipoic acid standard solution (1 mM): weigh 10.3 mg of lipoic 
acid (C8H14O2S2) into a 50 mL volumetric flask. Adjust to 
mark with ethanol (daily).

 5. Ethanol.

 1. 1 M acetic acid: Prepare by adding 5.75 mL of concentrated 
glacial acetic acid (17.4 M) to 94.25 mL of deionized water 
(room temperature, monthly).

 2. 1 M sodium hydroxide: prepare by adding 4 g of sodium 
hydroxide to 100 mL of deionized water (room temperature, 
monthly).

 3. Acetate buffer (pH 3.6): weigh 3.1 g of sodium acetate anhy-
drous (C2H3NaO2) into a 1 L beaker. Add 800 mL of distilled 
water followed by 20 mL of 1 M acetic acid. Adjust the pH 

2.4 Hypochlorus 
Acid Scavenging 
Assay

2.5 FRAP Assay
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accordingly using 1 M acetic acid or 1 M sodium hydroxide. 
Transfer contents to a 1 L volumetric flask and fill to the mark 
with distilled water (room temperature, monthly).

 4. 40 mM HCl: add 20 mL of distilled water to a 100 mL volu-
metric flask. Add 400 μL of 1 M HCl and mix. Adjust to 
100 mL with distilled water (room temperature, monthly).

 5. TPTZ solution (10 mM): weigh 31.3 mg of 2,4,6-tris(2- 
pyridyl)-1,3,5-triazine (TPTZ, C18H12N6) in a 10 mL volu-
metric flask. Add 5 mL of the HCl solution and dissolve. 
Adjust to the mark with the HCl solution (daily).

 6. Iron (III) chloride solution (20 mM): weigh 54.1 mg of Iron 
(III) chloride hexahydrate (FeCl3·6H2O) into a 10 mL volu-
metric flask. Add 5 mL of distilled water and dissolve. Adjust 
to the mark with distilled water (daily).

 7. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of methanol and dissolve 
(daily).

 8. Methanol.

 1. Sodium carbonate (20 % w/v): weigh 20 g of sodium carbon-
ate (Na2CO3) into a 500 mL beaker. Add 100 mL of distilled 
water to the beaker and stir using a magnetic stirrer with heat-
ing hotplate at 40 °C until Na2CO3 is fully dissolved (room 
temperature, monthly).

 2. Folin–Ciocalteu Reagent® (FCR): store FCR bought from 
manufacturer in darkness and use as a neat solution (room 
temperature).

 3. Gallic acid stock solution (30 mM): weigh out 5 mg of gallic acid 
into a 2 mL eppendorf tube. Add 1 mL of methanol and dis-
solve. Alternatively phloroglucinol could be used as a standard.

 4. Methanol.

 1. Copper (II) chloride solution (10 mM): weigh 426.2 mg of 
cupric (II) chloride dihydrate (CuCl2·2H2O) into a 250 mL 
volumetric flask. Add 100 mL of distilled water and dissolve. 
Adjust to the mark with distilled water and store in the dark 
until required (daily).

 2. Ammonium acetate buffer (1 mM, pH 7): weigh 19.27 g of 
ammonium acetate (C2H3O2NH4) into a 250 mL volumetric 
flask. Add 100 mL of distilled water and dissolve. Adjust to the 
mark with distilled water (room temperature, monthly).

 3. Neocuproine (Nc) solution (7.5 mM): weigh 39 mg of neocu-
proine (C14H12N2) into a 25 mL volumetric flask. Add 10 mL 
of ethanol and dissolve. Adjust to the mark with ethanol and 
store in the dark until required (daily).

2.6 Total Phenolic 
Assay by Folin–
Ciocalteu Reagent

2.7 CUPRAC Assay
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 4. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of ethanol and dissolve.

 5. Ethanol.

 1. Phosphate buffer (75 mM, pH 7.4): prepare by adding 
0.238 g of monosodium phosphate and 1.556 g of disodium 
phosphate to 100 mL of deionized water and adjust the pH to 
7.4 if required (room temperature, monthly).

 2. Fluorescein (FL) stock solution (8.16 mM): weigh 271 mg of 
fluorescein salt (C20H10Na2O5) into a 100 mL volumetric flask. 
Add 50 mL of the phosphate buffer and dissolve. Adjust to the 
mark with phosphate buffer (see Note 4) (daily).

 3. AAPH solution (153 mM): weigh 415 mg of 2,2′-Azobis(2-
methylpropionamidine) dihydrochloride (AAPH; C8H20Cl2N6) 
into a 10 mL volumetric flask. Add 5 mL of the phosphate 
buffer and dissolve. Adjust to the mark with the phosphate 
buffer (see Note 5) (daily).

 4. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of the phosphate buffer 
and dissolve (daily).

 5. Methanol.

 1. Phosphate buffer (75 mM, pH 7.4): prepare by adding 
0.238 g of monosodium phosphate and 1.556 g of disodium 
phosphate to 100 mL of deionized water and adjust the pH to 
7.4 if required (room temperature, monthly).

 2. Fluorescein (FL) stock solution (1.345 mM): weigh 22.5 mg 
of fluorescein salt in a 50 mL volumetric flask. Add 20 mL of 
the phosphate buffer and dissolve. Adjust to the mark with the 
phosphate buffer (daily).

 3. H2O2 solution (1.1 M): dilute 30 % H2O2 solution (8.8 M) by 
adding 11.4 mL of H2O2 to 88.6 mL of deionized water 
(daily).

 4. Cobalt solution: weigh 15.7 mg of cobalt(II) fluoride tetrahy-
drate and 20 mg of picolinic acid into a 10 mL volumetric 
flask. Add 5 mL of distilled water and dissolve. Adjust to the 
mark with distilled water (daily).

 5. Gallic acid stock solution (40 mM): weigh out 6.8 mg of gallic 
acid into a 2 mL eppendorf tube. Add 1 mL of the phosphate 
buffer and dissolve (daily).

 6. Methanol.

 1. β-carotene solution (372 μM): weigh 5 mg of β-carotene 
(C40H56) into a 25 mL volumetric flask. Add 10 mL of chloro-
form and dissolve. Adjust to the mark with chloroform (daily).

2.8 ORAC Assay

2.9 HORAC Assay

2.10 Carotenoid 
Bleaching Assay
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 2. β-carotene reagent: weigh 20 mg of linolenic acid (C18H30O2) 
and 200 mg of Tween® 40 into a 100 mL beaker. Add 1 mL of 
the β-carotene solution to the beaker. Evaporate chloroform 
under N2 gas. Add 50 mL of ultrapure water to the beaker and 
dissolve using a sonicator. Transfer the emulsion to a 50 mL vol-
umetric flask and adjust to the mark with ultrapure water (daily).

 3. Trolox® stock solution (20 mM): weigh 5 mg of Trolox® into 
a 2 mL eppendorf tube. Add 1 mL of ethanol and dissolve.

 4. Ethanol.

 1. 3.5 % HCl: add 3.5 mL of concentrated hydrochloric acid to 
96.5 mL of deionized water (room temperature, monthly).

 2. Ferrous chloride solution (20 mM): weigh 50.7 mg of ferrous 
chloride (Fe(III)Cl2) into a 20 mL volumetric flask. Add 
10 mL of 3.5 % HCl and dissolve the Fe(III)Cl2. Adjust to the 
mark using 3.5 % HCl (daily).

 3. Ammonium thiocyanate solution (0.3 M): weigh 228 mg of 
ammonium thiocyanate (NH4SCN) into a 10 mL volumetric 
flask. Add 5 mL of distilled water and dissolve. Adjust to the 
mark with distilled water (daily).

 4. Linolenic acid solution (2.5 mM): weigh 35.1 mg of linoleic 
acid into a 50 mL volumetric flask. Add 20 mL of ethanol and 
dissolve. Adjust to the mark with ethanol (daily).

 5. α-Tocopherol and/or butylated hydroxytoluene (BHT): pre-
pare 50 μg/mL solution by adding 5 mg to 100 mL of deion-
ized water (daily).

 6. Phosphate buffer (20 mM, pH 7): prepare by adding 0.117 g 
of monosodium phosphate and 0.31 g of disodium phosphate 
to 100 mL of deionized water and adjust pH if required (room 
temperature, monthly).

 7. 75 % ethanol in water (v/v): prepare by adding 75 mL of etha-
nol to 25 mL of deionized water (room temperature, monthly).

 8. Ethanol.

 1. Trichloroacetic acid solution (0.2 M): weigh 3.268 g of tri-
chloroacetic acid (TCA) into a 100 mL volumetric flask. Add 
50 mL of distilled water and dissolve. Adjust to the mark with 
distilled water (room temperature, monthly).

 2. Thiobarbituric acid solution (6.7 mM): weigh 96.6 mg of 
thiobarbituric acid (TBA) into a 100 mL volumetric flask. Add 
50 mL of distilled water and dissolve. Adjust to the mark with 
distilled water (room temperature, monthly).

 3. Linolenic acid solution (2.5 mM): weigh 35.1 mg of linoleic 
acid into a 50 mL volumetric flask. Add 20 mL of ethanol and 
dissolve. Adjust to the mark with ethanol (daily).

2.11 Ferric 
Thiocyanate (FTC) 
Method

2.12 Thiobarbituric 
Acid (TBA) Assay
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 4. α-Tocopherol and/or butylated hydroxytoluene (BHT): pre-
pare 50 μg/mL solution by adding 5 mg to 100 mL of deion-
ized water (daily).

 5. Phosphate buffer (20 mM, pH 7): prepare by adding 0.117 g 
of monosodium phosphate and 0.31 g of disodium phosphate 
to 100 mL of deionized water and adjust pH if required (room 
temperature, monthly).

 6. Ethanol.

3 Methods

The diphenylpicrylhydrazyl (DPPH) assay was first reported by 
Blois [15] and measures the decoloration of the DPPH radical in 
the presence of antioxidant radical scavengers. The DPPH radical 
is considered a stable free radical due to the delocalization of the 
unpaired electron [16]. This radical chromogen absorbs strongly 
within the visible spectrum between 515 and 528 nm. However, 
when a compound with the potential to transfer an electron, such 
as an antioxidant, reacts with the DPPH radical it becomes reduced 
to diphenylpicrylhydrazine (pale yellow) and the absorption of 
DPPH between 515 and 528 nm is reduced [17] due to the loss of 
its electron paramagnetic resonance (EPR) free radical signal [15, 
18]. The steric accessibility of an antioxidant compound to the 
DPPH radical plays an important role in the overall functionality of 
the assay. Small molecules, such as phenolic compounds, will have 
better access to the radical site in comparison to larger molecules 
[19]. This can lead to a lag time for the reaction of larger mole-
cules with DPPH, while smaller molecules may appear to have a 
higher antioxidant capacity due to the faster color change [19]. In 
addition, it is important that the reaction occurs at a neutral pH, 
otherwise the ionization equilibrium of any phenolic compounds 
present in the extract may be affected, resulting in a change to the 
rate of reaction [20]. The DPPH assay is one of the most fre-
quently used methods for evaluating the scavenging antioxidant 
capacity of extracts because of its simplicity, cost, speed and repro-
ducibility. The following protocol has been broadly based on that 
described by Goupy et al. [21] with minor changes to accommo-
date the use of a microtiter approach.

 1. Trolox® standard curve: dilute 50 μL of Trolox® stock solution 
in 950 μL of methanol. From this solution (1 mM) prepare 
dilutions for the following concentrations, 40, 36, 32, 28, 24, 
and 0 μM of Trolox using methanol.

 2. Weigh 5 mg of dried algal extract into 2 mL eppendorf tubes. 
Add 1 mL of methanol to each eppendorf tube (5 mg/mL) 
and dissolve. Dilute extracts accordingly to create a suitable 

3.1 DPPH 
Microtiter Assay
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concentration range (see Note 6). The initial highest concentra-
tion should not be above 1 mg/mL. Extracts should be diluted 
to concentrations that will inhibit the DPPH radical by between 
20–80 %. This may require some trial and error, which can be 
minimized by testing various concentrations of each extract.

 3. Pipette 100 μL of sample/Trolox® standard/methanol blank 
into corresponding wells on a 96-well flat-bottom microplate 
in triplicate.

 4. Measure the neat absorbance of each well at 515 nm, correct-
ing the path length of the UV–VIS microplate spectropho-
tometer for 100 μL (see Note 7).

 5. Using a multichannel pipette, add 100 μL of DPPH solution 
to each well of the microplate. The final volume of each well is 
200 μL.

 6. Replace the lid and incubate the microplate in darkness for 
30 min at room temperature (see Note 8).

 7. Measure the absorbance of each well at 515 nm using an UV–
VIS microplate spectrophotometer. Correct the path length 
for 200 μL.

 8. Calculate the antioxidant capacity of samples as the percentage 
inhibition (% I) of the DPPH radical at 515 nm (see Eq. 1).

 
% /I A A A= -( )éë ùû ´0 1 0 100

 
(1)

where A0 = absorbance of DPPH control reaction minus the 
absorbance of the methanol blank after 30 min. A1 = absor-
bance of the sample reaction minus the neat sample absor-
bance after 30 min.

 9. Alternatively, calculate the antioxidant capacity of samples as the 
concentration required to cause a 50 % inhibition in the initial 
absorbance (IC50) of the DPPH radical at 515 nm (see Eq. 2).

 
IC50 1 1 2 1 1 250= - -( )´ -éë ùû -( )C C C PI PI PI/

 
(2)

where PI1 (%) = sample dilution with absorbance immediately 
above the 50 % absorbance of DPPH control reaction (includ-
ing neat sample absorbance) minus the absorbance of the 
methanol blank after 30 min (A0). PI2 (%) = sample dilution 
with absorbance immediately below the 50 % absorbance of 
A0. C1 and C2 are the dilution factors of the sample leading to 
PI1 and PI2.

The ABTS assay (2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic 
acid) is a radical scavenging assay that was first described by Miller 
et al. [22] to measure the amount of the radical cation ABTS·+ 
formed in the presence of metmyoglobin and H2O2 with or with-
out the addition of an antioxidant sample. The method has since 

3.2 ABTS Assay
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been adapted to measure the decrease in the absorbance of a pre-
formed ABTS·+ solution in the presence of an antioxidant com-
pound. The ABTS·+ chromophore (blue/green) is generated 
through the reaction between ABTS and potassium persulfate. The 
decolorization of ABTS·+, in the presence of an antioxidant, can be 
measured at 734 nm. The ABTS method has a distinct advantage 
over other radical scavenging assays (i.e., DPPH and DMPD) in 
that the ABTS cation is soluble in both aqueous and organic sol-
vents [19]. Therefore, the ABTS method can easily be adapted to 
measure both lipophilic and hydrophilic algal extracts. It is recom-
mended [23] to dissolve non polar extracts in dichloromethane, 
medium polar extracts in ethanol and polar extracts in water. In 
addition, the ABTS cation is not affected by the ionic strength of 
compounds and so can be used over a wide pH range [24].

 1. Trolox® standard curve: dilute 5 μL of Trolox® stock solution 
in 995 μL of ethanol. From this solution (0.1 mM), prepare 
the following dilutions using ethanol; 3, 6, 9, 12, and 15 μM.

 2. To form the ABTS·+ radical, pour 10 mL of ABTS solution 
into a 50 mL conical flask. Add 10 mL of potassium persulfate 
solution. Mix contents using a glass rod. Transfer the mixture 
to a 20 mL conical flask and store in darkness at room tem-
perature for 12–16 h (see Note 9).

 3. Weigh 5 mg of each algal extract into eppendorf tubes in trip-
licate. Add 1 mL of ethanol to each eppendorf (5 mg/mL) 
and dissolve. Dilute extracts accordingly to create a suitable 
concentration range to ensure a concentration is obtained that 
reduces the absorbance due to the ABTS radical below 50 %.

 4. Dilute the ABTS·+ solution with ethanol (or the same solvent 
used for dissolution of the algal extracts) to an absorbance of 
0.7 ± 0.02 AU, measured using a UV–VIS spectrophotometer 
at 734 nm (see Note 10).

 5. Pipette 990 μL of ABTS·+ solution into a 1.5 mL eppendorf 
tube. Add 10 μL of sample/Trolox® standard/ethanol blank 
into the eppendorf tube. Repeat in triplicate.

 6. Vortex each eppendorf tube and incubate for 6 min at 30 °C 
(see Note 11).

 7. Measure the absorbance of each sample using a UV–VIS spec-
trophotometer at 734 nm (see Note 12).

 8. Calculate the antioxidant capacity of samples as the percentage 
inhibition (% I) of the ABTS radical at 734 nm (see Eq. 1).

 
% /I A A A= -( )éë ùû ´0 1 0 100

 
(1)

where A0 = absorbance of ABTS control reaction minus the 
absorbance of the ethanol blank after 6 min. A1 = absorbance 
of the sample reaction minus the absorbance of the ethanol 
blank after 6 min.
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 9. Alternatively, calculate the antioxidant capacity of samples as the 
concentration required to cause a 50 % inhibition in the initial 
absorbance (IC50) of the ABTS radical at 734 nm (see Eq. 2).

 
IC50 1 1 2 1 1 250= - -( )´ -éë ùû -( )C C C PI PI PI/

 
(2)

where PI1 (%) = sample dilution with absorbance immediately 
above the 50 % absorbance of ABTS control reaction minus 
the absorbance of the methanol blank after 6 min (A0). PI2 
(%) = sample dilution with absorbance immediately below the 
50 % absorbance of A0. C1 and C2 are dilution factor of the 
sample leading to PI1 and PI2.

The DMPD (N,N-dimethyl-p-phenylenediamine) method for 
measuring the radical scavenging capacity of antioxidants was first 
described by Fogliano et al. [25] for monitoring the antioxidant 
capacity of wines. Similar to the ABTS assay, this test measures the 
decoloration of the preformed DMPD radical cation (purple) in 
the presence of an antioxidant. The DMPD radical cation has a 
maximum absorbance at 505 nm and can be measured using a UV–
VIS spectrophotometer. The method described below is based on 
that described by Mehdi and Rizvi [26] with minor adjustments for 
microtiter use. The original method described by Fogliano et al. 
[25] investigated the potential use of several oxidant species (hydro-
gen peroxide, sodium hypochlorite, azinobis-2- amidinopropane 
(ABAP), copper chloride and ferric chloride) to generate the 
DMPD cation. However, ferric chloride was shown to form the 
most stable DMPD cation. The DMPD cation (purple) is formed 
through the oxidation of DMPD (colorless) using ferric chloride. 
Acetate buffer is used in this reaction in order to lower the pH, thus 
preserving the solubility of ferric iron, helping to drive the deprot-
onation of DMPD and the formation of the phenolate cation.

 1. Trolox® standard curve: dilute 50 μL of Trolox® stock solution 
in 950 μL of deionized water. From this solution (1 mM), 
prepare the following dilutions using deionized water: 8, 16, 
24, 32, 40, and 48 μM.

 2. To form the DMPD·+ radical, add 98.8 mL of acetate buffer 
into a 100 mL volumetric flask. Add 1 mL of DMPD solution 
to the volumetric flask and mix. Add 200 μL of ferric chloride 
solution to the volumetric flask and mix (see Note 13).

 3. Weigh 5 mg of each algal extract into eppendorf tubes. Add 
1 mL of methanol to each eppendorf (5 mg/mL) and dis-
solve. Dilute extracts accordingly with deionized water to cre-
ate a suitable concentration range (see Note 14).

 4. Pipette 20 μL of sample/Trolox® standard/deionized water 
blank into corresponding wells (in triplicate) in a clear flat- 
bottom 96-well microplate.

3.3 DMPD Assay
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 5. Using a multichannel pipette, add 180 μL of DMPD radical 
into each well. The final volume of each well is 200 μL.

 6. Cover with plate lid and incubate in darkness for 15 min at 
room temperature (see Note 15).

 7. Measure the absorbance of each well at 505 nm using a UV–
VIS microplate spectrophotometer, corrected to the path 
length for 200 μL.

 8. Calculate the antioxidant capacity of extracts as the percentage 
inhibition (% I) of the DMPD radical at 505 nm (see Eq. 1).

 
% /I A A A= -( )éë ùû ´0 1 0 100

 
(1)

where A0 = absorbance of DMPD control reaction minus the 
absorbance of the water blank after 15 min. A1 = absorbance of 
the sample reaction minus the neat sample absorbance and the 
absorbance of the water blank after 15 min.

 9. Alternatively, calculate the antioxidant capacity of samples as the 
concentration required to cause a 50 % inhibition in the initial 
absorbance (IC50) of the DMPD radical at 505 nm (see Eq. 2).

 
IC50 1 1 2 1 1 250= - -( )´ -éë ùû -( )C C C PI PI PI/

 
(2)

where PI1 (%) = sample dilution with absorbance immediately 
above the 50 % absorbance of DMPD control reaction (includ-
ing the neat sample absorbance) minus the absorbance of the 
water blank after 15 min (A0). PI2 (%) = sample dilution with 
absorbance immediately below the 50 % absorbance of A0. C1 
and C2 are the dilution factors of the sample leading to PI1 
and PI2.

The hypochlorus acid (HOCl) scavenging assay is a colorimetric 
method first described by Ching et al. [27] to measure the antioxi-
dant capacity of samples via the inhibition of HOCl induced oxida-
tion of thionitrobenzoic acid (TNB). HOCl is formed in vivo from 
the catalytic action of the enzyme myeloperoxidase (MPO) [28], 
which could lead to oxidative damage of biomolecules [29, 30]. 
TNB is used as a thiol substrate and is the product of the reaction 
between 5,5-Dithiobis(2-nitrobenzoic acid) (DTNB) and free thi-
ols. The synthesis of the TNB solution is based on a similar proce-
dure described by Aune and Thomas [31]. HOCl acts as an oxidant 
and causes the decolorization of TNB, which absorbs strongly at 
412 nm. Antioxidants inhibit the actions of HOCl allowing their 
antioxidant potential to be measured. The following protocol has 
been adapted from Fernandes et al. [32].

 1. Prepare a lipoic acid standard curve using the following dilu-
tions of lipoic acid solution with ethanol; 40, 50, 60, 70, 80, 
and 90 μM.

3.4 Hypochlorus 
Acid Scavenging 
Assay
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 2. Weigh 5 mg of algal extract into an eppendorf tube. Add 1 mL 
of ethanol and dissolve. Dilute to the following concentrations 
in ethanol: 100, 150, 200, 250, and 500 μg/mL. Extracts 
should be diluted to concentrations that will inhibit the reduc-
tion of TNB by between 20 and 80 %. This may require some 
trial and error, which can be minimized by testing various con-
centrations of each extract.

 3. Pipette 120 μL of sample/lipoic acid standard/ethanol blank 
into corresponding wells (in triplicate) of a clear flat-bottom 
96-well microplate.

 4. Using a multichannel pipette, add 15 μL of TNB solution to 
each well. Measure the absorbance of each well using a UV–
VIS microplate spectrophotometer at 412 nm, correcting the 
path length to 135 μL.

 5. Add 65 μL of HOCl solution to each well so the final concen-
tration of HOCl solution is 25 μM. The final volume of each 
well is 200 μL.

 6. Cover with lid and incubate at 37 °C for 5 min.
 7. Measure the absorbance of each well at 412 nm using a UV–

VIS microplate spectrophotometer, correcting the path length 
to 200 μL (see Note 16).

 8. Calculate the antioxidant capacity of extracts as the percentage 
inhibition (% I) of TNB oxidation at 412 nm (see Eq. 1).

 
% /I A A A= -( )éë ùû ´0 1 0 100

 
(1)

where A0 = Initial absorbance of TNB, before the addition of 
HOCl, minus the absorbance of the ethanol blank. 
A1 = Absorbance of TNB after the addition of HOCl minus 
the neat sample absorbance and the absorbance of the ethanol 
blank after 5 min.

The FRAP assay is a simple and inexpensive colorimetric method 
that was originally designed to measure the antioxidant capacity of 
biological fluids such as plasma, saliva, tears, urine and cerebrospi-
nal fluid [33]. In this assay, the trispyridyltriazine (TPTZ) reagent 
acts as a chromogenic ligand that forms a complex with the in excess 
ferric ion to yield [Fe (III)]-TPTZ [33]. In the presence of an anti-
oxidant, the [Fe (III)]-TPTZ complex is reduced via electron trans-
fer to a ferrous [Fe (II)]-TPTZ complex. At a low pH (3.6), the 
latter complex forms an intense blue color, which can be read spec-
trophotometrically at 593 nm. The FRAP assay has since been 
widely used in the antioxidant evaluation of natural products [34].

 1. Trolox® standard curve: dilute 200 μL of Trolox® stock solu-
tion in 800 μL of methanol. From this solution (4 mM), pre-
pare the following dilutions in methanol; 80, 160, 240, 320, 
400 and 480 μM.

3.5 FRAP Assay
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 2. Weigh 5 mg of each algal extract into 2 mL eppendorf tubes. 
Add 1 mL of methanol to each eppendorf (5 mg/mL) and 
dissolve. Dilute extracts accordingly to create a suitable absor-
bance range.

 3. Pipette 20 μL of sample/Trolox® standard/methanol blank 
into corresponding wells on a 96-well flat-bottom microplate 
in triplicate.

 4. To make the FRAP reagent, add 10 mL of TPTZ solution to 
10 mL of Iron(III) chloride solution in a 250 mL conical flask. 
Pour 100 mL of acetate buffer (pH 3.6) into the conical flask. 
Cover the top of the conical flask with Parafilm® and heat for 
5 min at 37 °C using a water bath, while continuously swirling 
(see Notes 17 and 18).

 5. Using a multichannel pipette, add 180 μL of the preheated 
FRAP reagent to each well of the microplate. The final volume 
of each well is 200 μL.

 6. Cover with lid and incubate the plate in darkness for 40 min at 
37 °C (see Note 19).

 7. Measure the absorbance of each well using a UV–VIS micro-
plate spectrophotometer at the wavelength of 593 nm. 
Correct the path length of the spectrophotometer to 200 μL 
(see Note 20).

 8. Calculate the results as Trolox® equivalents (TE) using the 
slope of the standard curve.

The total phenolic assay by Folin–Ciocalteu reagent (FCR) is a fast, 
simple and reliable colorimetric method for measuring the antioxi-
dant capacity derived from the phenolic content of a particular sam-
ple. The original method was developed by Folin [35] for tyrosine 
analysis but was later improved by Singelton and Rossi [36] to ana-
lyze the total phenol content of wines. Chemically, the assay is based 
on the reduction of the FCR in the presence of a phenolic antioxi-
dant. FCR consists of both tungsten [W(VI)] and molybdenum 
[Mo(VI)] oxides [37]. In the presence of phenolic antioxidants, 
these compounds are reduced to form a greenish- blue phosphate-
tungsten [W(IV)] and phosphate-molybdenum [Mo(V)] com-
plexes, which can be measured using a UV–VIS spectrophotometer 
at 765 nm. The following protocol is modelled on that described by 
Singelton and Rossi [36] with some modifications. There are a 
number of non-phenolic organic substances as well as sugars, aro-
matic amines, and organic acids [19], which can cause interferences 
with this assay. In addition, a number of inorganic substances have 
also been noted to interfere with this assay [38, 39]. This may lead 
to an overestimation in the phenolic content of an extract and 
should be taken into account when analyzing extracts.

3.6 Total Phenolic 
Assay by Folin–
Ciocalteu Reagent
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 1. Gallic acid standard curve: dilute 200 μL of gallic acid stock 
solution in 800 μL of methanol. From this solution (6 mM), 
prepare the following dilutions in methanol; 0.6, 0.12, 0.3, 
0.6, 0.9, and 1.2 mM.

 2. Weigh 5 mg of each algal extract into eppendorf tubes in trip-
licate. Add 1 mL of methanol to each eppendorf (5 mg/mL) 
and dissolve. Dilute extracts accordingly with methanol to cre-
ate a suitable concentration range.

 3. Pipette 100 μL of sample/gallic acid standard/methanol 
blank into 1.5 mL eppendorf tubes.

 4. Pipette 100 μL of methanol followed by 100 μL of neat FCR 
into all eppendorf tubes.

 5. Add 700 μL of Na2CO3 solution to each eppendorf tube, 
close, and vortex (see Note 21).

 6. Place all eppendorf tubes in darkness for 20 min at room 
temperature.

 7. Centrifuge all eppendorf tubes at 10,000 × g for 3 min (see 
Note 22).

 8. Transfer the supernatant of each eppendorf tube to 1 mL plas-
tic cuvettes and measure the absorbance of each sample at 
765 nm using a UV–VIS spectrophotometer (see Note 23).

 9. Repeat the assay in triplicate for all samples.
 10. Calculate the results as gallic acid equivalents (GAE) using the 

slope of the standard curve.

The CUPRAC assay, which was developed by Apak et al. [40], is a 
colorimetric method similar to the FRAP assay but instead mea-
sures the reduction of copper (Cu). In this assay, neocuproine (Nc) 
acts a chromogenic ligand that forms a complex with Cu(II) to 
give a [Cu(II)]-Nc chromogenic oxidizing reagent. At pH 7, this 
reagent can become reduced in the presence of antioxidants to 
form an orange-yellow [Cu(I)]-Nc chromophore, which exhibits 
an absorption maximum at 450 nm. The redox potential of 
Cu(II)-Nc complex reduction to Cu(I)-Nc is higher (0.6 eV) than 
that of Cu(II) to Cu(I) alone (0.153 eV). This has been shown to 
result in more rapid and efficient oxidation of polyphenols [41]. In 
addition, the redox potential of Cu(II)-Nc/Cu(I)-Nc reaction is 
lower than that of the Fe(III)-TPTZ/Fe(II)-TPTZ reaction 
(0.771 eV) in the FRAP assay (see Subheading 3.5). As a result, the 
reaction is faster and more selective thus allowing for the measure-
ment of thiol oxidants [42] but not reducing sugars and citric acid, 
which can cause interferences in the FRAP assay [40]. A crucial 
limitation for a number of antioxidant assays (e.g., DPPH, FRAP, 
and DMPD assays) is their inability to adapt to accurately measure 
the antioxidant capacity of both lipophilic and hydrophilic extracts. 

3.7 CUPRAC Assay
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In the case of the CUPRAC method, the solubility of the reagents 
used means the assay can be easily adapted for either eventuality by 
changing the solvent [40, 41]. The following protocol is based on 
that described by Apak et al. [40] with some modifications.

 1. Trolox® standard curve: dilute 50 μL of Trolox® stock solution 
in 950 μL of ethanol. From this solution (1 mM), prepare the 
following dilutions using ethanol; 10, 20, 30, 40, 50, and 
60 μM.

 2. Weigh 5 mg of each algal extract into 2 mL eppendorf tubes 
in triplicate. Add 1 mL of ethanol to each eppendorf (5 mg/
mL) and dissolve. Dilute extracts accordingly with ethanol to 
create a suitable concentration range.

 3. Add 50 μL of sample/Trolox® standard/blank (ethanol) to 
corresponding wells on a clear flat-bottom 96 well 
microplate.

 4. Using a multichannel pipette, add 50 μL Cu(II) chloride solu-
tion, 50 μL ammonium acetate buffer and 50 μL of Nc solu-
tion to each well. The final volume of each well is 200 μL.

 5. Incubate for 30 min, in darkness, at room temperature  
(see Note 24).

 6. Measure the absorbance of each well at 450 nm using a UV–
VIS microplate spectrophotometer (see Note 25).

 7. Calculate the antioxidant capacity of samples as Trolox® equiv-
alents (TE) using the slope of the Trolox® standard curve.

The ORAC assay is a fluorimetric assay used to measure the chain- 
breaking capacity of an antioxidant against peroxyl radicals by 
hydrogen atom transfer. In this assay, AAPH (2,2′-azobis-(2- 
amidinopropane hydrochloride)) is used to generate peroxyl radi-
cals, which react with a fluorescent probe and cause it to decay into 
a nonfluorescent product over time. However, in the presence of 
an antioxidant, the rate of decay of the fluorescent probe is 
decreased due to the hydrogen atom transfer to peroxyl radicals. 
The ORAC method was developed by Cao et al. [43] and is based 
on Ghiselli et al. [13] and Glazer [44], who described the effects 
of free radicals and antioxidants on fluorescent probes. The origi-
nal ORAC method [43] used the protein β-phycoerythin (B-PE) 
as the fluorescent probe to measure the antioxidant response in the 
presence of peroxyl radicals. The present method describes instead 
uses Fluorescein (FL) because B-PE was found to undergo a 53 % 
decrease in intensity due to photo-bleaching after exposure to exci-
tation by light [45] and can also cause nonspecific protein binding 
by polyphenols [46]. The following protocol is based on the high-
throughput ORAC assay described by Huang et al. [45].

3.8 Oxygen Radical 
Absorbance Capacity 
(ORAC) Assay
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 1. Trolox® standard curve: dilute 100 μL of Trolox® stock solu-
tion in 900 μL of phosphate buffer. From this solution 
(1 mM), prepare the following dilutions using phosphate buf-
fer: 5, 10, 20, 30, 40, and 50 μM.

 2. Weigh 5 mg of each algal extract into 2 mL eppendorf tubes. 
Add 1 mL of methanol to each eppendorf (5 mg/mL) and 
dissolve. Dilute extracts accordingly using phosphate buffer to 
create a suitable concentration range.

 3. Pipette 100 μL of FL stock solution into 9.9 mL of phosphate 
buffer and vortex. Dilute 10 μL of this solution (81.6 μM) 
into 9.99 mL of phosphate buffer to obtain a working concen-
tration (81.6 nM) of FL solution.

 4. Pipette 25 μL of sample/Trolox® standard/phosphate buffer 
blank into corresponding wells on a black flat-bottom 96-well 
microplate. Add 150 μL of FL solution (81.6 nM) to each 
well. Cover the plate and incubate in a preheated (37 °C) plate 
shaker at 20 rpm for 10 min.

 5. Add 25 μL of AAPH solution to each well. The final volume 
of each well is 200 μL.

 6. Measure the absorbance of each well every minute for 35 min 
using a microplate fluorometer at the excitation and emission 
wavelengths of 495 and 515 nm (see Note 26).

 7. Calculate the net area under the curve (AUC) of each well and 
express the results as ORAC values (see Eq. 3).

 
ORAC value AUC AUC Trolox SampleS T= ( )´ éë ùû [ ]( )Ò/ /

 
(3)

where AUCs = AUC of the sample minus the AUC of the 
phosphate buffer blank after 35 min. AUCT = AUC of Trolox® 
minus the AUC of the phosphate buffer blank after 35 min.

The HORAC assay is a fluorometric method that has been devel-
oped by Ou et al. [46] to measure the hydroxyl radical scavenging 
capacity of antioxidants. Cobalt (II) fluoride is used as an oxidant 
to generate hydroxyl radicals in a Fenton-like reaction involving 
hydrogen peroxide. Fluoroscein (FL) is used as a fluorescent probe 
that, in the presence of hydroxyl radicals, begins to decay resulting 
in a loss of fluorescence over time. Antioxidants can prevent the 
decay of FL by reducing hydroxyl radicals. The following protocol 
is based on the HORAC assay described by Huang et al. [45].

 1. Gallic acid standard curve: dilute 250 μL of gallic acid stock 
solution in 750 μL of phosphate buffer. From this solution 
(10 mM), prepare the following dilutions using phosphate 
buffer: 0.1, 0.2, 0.4, 0.6, and 0.8 mM.

 2. Weigh 5 mg of each algal extract into 2 mL eppendorf tubes. 
Add 1 mL of methanol to each eppendorf (5 mg/mL) and 

3.9 HORAC Assay
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dissolve. Dilute extracts accordingly using phosphate buffer to 
create a suitable concentration range.

 3. Pipette 50 μL of FL stock solution into 9.95 mL of phosphate 
buffer and vortex. Further pipette 100 μL of this solution 
(6.7 μM) into 9.9 mL of phosphate buffer to obtain a working 
concentration (670 nM) of FL solution (see Note 4).

 4. Pipette 10 μL of sample/gallic acid standard/phosphate buf-
fer blank into each well of a black flat-bottom 96-well 
microplate.

 5. Add 180 μL of preheated (37 °C) FL solution (670 nM) and 
10 μL of H2O2 solution to each well.

 6. Measure the absorbance of each well at the excitation and 
emission wavelengths of 495 and 515 nm using a microplate 
fluorometer. Then add 10 μL of cobalt solution to each well 
(see Note 27).

 7. Measure the absorbance of each well at the excitation and 
emission wavelengths of 495 and 515 nm after 0.5 min and 
then every minute thereafter for 35 min (see Note 28).

 8. Calculate the net area under the curve (AUC) of each well and 
express the results as HORAC values (see Eq. 4).

 
HORAC value AUC AUC

molarity of gallic acid Sample
S GA= ( )

´ [ ]( )
/

/  
(4)

where AUCs = AUC of the sample minus the AUC of the 
phosphate buffer blank after 35 min. AUCGA = AUC of gallic 
acid minus the AUC of the phosphate buffer blank after 
35 min.

The β-carotene bleaching assay is a decolorization method that was 
first described by Macro [47] to measure the decay (bleaching) of 
a β-carotene probe over time. The bleaching of carotenoids, such 
as β-carotene, can occur in a number of ways: autoxidation, oxida-
tion by environmental conditions (light and heat) or by preformed 
peroxyl radicals [19]. In the method described by Koleva et al. 
[48], an aqueous emulsion of linoleic acid and β-carotene is discol-
ored by the radicals generated by the spontaneous oxidation of the 
fatty acid, which is promoted by thermal induction. The reduction 
in the intense orange color over time is measured at 470 nm. 
However, in the presence of an antioxidant the decay of β-carotene 
is prevented to some degree depending on the strength of the anti-
oxidant. In this assay, β-carotene acts as highly oxidizable lipophilic 
substrate. Consequently, an emulsion is formed upon the addition 
of water when making the β-carotene reagent. The lipophilic 
nature of β-carotene makes it highly functional in measuring the 
antioxidant capacity of lipophilic extracts but less sensitive to 
hydrophilic extracts. As a result, crocin, which is a hydrophilic 
carotenoid, is often used to measure the antioxidant capacity of 

3.10 Carotenoid 
Bleaching Assay
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hydrophilic extracts [49]. Both substrates share the same operative 
conditions and requirements and so can be carried out simultane-
ously. The following protocol has been adapted by that described 
by Koleva et al. [48] with some modifications.

 1. Trolox® standard curve: from Trolox® stock solution, prepare the 
following dilutions using ethanol: 0.4, 0.8, 1.2, 1.6, and 2.0 mM.

 2. Weigh 5 mg of each algal extract into 2 mL eppendorf tubes in 
triplicate. Add 1 mL of ethanol to each eppendorf (5 mg/mL) 
and dissolve. Dilute extracts accordingly to create a suitable 
concentration range.

 3. Pipette 25 μL of sample/Trolox® standard/ethanol blank into 
corresponding wells on a clear flat bottomed 96-well microti-
ter plate. Repeat this action in triplicate.

 4. Using a multichannel pipette, add 175 μL of preheated 
(55 °C) β-carotene reagent to each well.

 5. Measure the absorbance of each well immediately (t = 0) using a 
UV–VIS microplate spectrophotometer at 470 nm. Cover with 
lid and incubate the plate for 120 min at 55 °C (see Note 28).

 6. After incubation, measure the absorbance of each well at 
470 nm (t = 120 min) (see Note 29).

 7. The results can be expressed as a percentage inhibition (% I) 
relative to the control sample (see Eq. 5). Extracts should be 
diluted to concentrations that will inhibit the oxidation of the 
carotenoid substrate by between 20 and 80 %. This may 
require trial and error but can be minimized by testing various 
concentrations of each extract.

 
% /I A A A= ( )éë ùû ´0 1 0 100-

 
(5)

where A0 = absorbance of β-carotene control reaction (t0 − t120) 
minus the absorbance of the ethanol blank (t0 − t120). A1 = absor-
bance of the sample reaction (t0 − t120) minus the absorbance of 
the ethanol blank (t0 − t120).

The FTC method was developed by Wagner et al. [50] to measure 
the amount of lipid hydroperoxides (LOOH) formed in the initial 
stages of lipid oxidation. In the method described by Kikuzaki and 
Nakatani [51], linolenic acid is used as a substrate for lipid oxida-
tion. The measurement of LOOH by UV–VIS spectrometry is dif-
ficult due to the lack of suitable chromophores [52]. As a result, 
the determination of LOOH production requires the use of more 
sophisticated chromatographic (i.e., GC) [53] and spectroscopic 
(i.e., NMR) [54] techniques. This can be overcome by instead 
measuring the oxidation of iron, induced by the presence of 
LOOH, from an Fe(II)-thiocyanate complex to an Fe(III)-
thiocyanate complex [55], resulting in an intense colored (red) 

3.11 Ferric 
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endpoint. The rate of lipid peroxidation is measured daily using a 
UV–VIS spectrophotometer at 500 nm until the controls reach 
maximum absorbance. In the presence of an antioxidant, lipid oxi-
dation becomes impeded and the endpoint of the reaction with 
ferric chloride is inhibited. The following protocol has been 
adapted from the method described by Kikuzaki and Nakatani 
[51] and is generally carried out in conjunction with the 
Thiobarbituric (TBA) assay (see Subheading 3.12).

 1. Weigh 5 mg of extract into a 2 mL eppendorf tube. Add 1 mL 
of ethanol and dissolve. Dilute extracts accordingly to create a 
suitable concentration range. Use α-Tocopherol and/or butyl-
ated hydroxytoluene (BHT) as positive controls.

 2. Pipette 1 mL of sample (as prepared in step 1)/positive con-
trol/blank (ethanol) into a 10 mL test tube. Add 1.025 mL of 
linoleic solution, 2 mL of phosphate buffer and 975 μL of 
distilled water to each tube so that the final volume of each 
tube is 5 mL.

 3. Incubate in darkness at 40 °C for 24 h (see Note 30).
 4. After incubation, take 10 μL of the mixture and add it to 

970 μL of 75 % ethanol, 10 μL of ammonium thiocyanate 
solution and 10 μL of ferrous chloride solution in a 2 mL 
eppendorf tube. The final volume of each eppendorf tube is 
1 mL. Put original mixture back in the incubator.

 5. After 3 min, measure the absorbance of each sample at 500 nm 
using a UV–VIS spectrophotometer.

 6. Repeat the assay in triplicate for all samples and average for 
best results.

 7. Repeat steps 4 and 5 every 24 h until 1 day after the control 
has reached its maximum absorbance value and express results 
in AU at 500 nm (see Note 31). Alternatively, the antioxidant 
capacity of an extract can be calculated as the percentage inhi-
bition of Fe(II)-thiocyanate oxidation by LOOH radicals at 
500 nm (see Eq. 6).

 
% /I A A A= ( )éë ùû ´0 1 0 100-

 
(6)

A0 = absorbance of Fe(III)-thiocyanate control reaction on the 
final day following saturation of Fe(III)-thiocyanate detection. 
A1 = absorbance of sample reaction on the final day following 
saturation of Fe(III)-thiocyanate detection by the blank 
reaction.

The color of TBA was first [56] observed to change (red) in the 
presence of animal tissue; this color change was later attributed to 
the formation of a red complex between the oxidation products of 

3.12 Thiobarbituric 
Acid (TBA) Assay
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unsaturated fatty acids and TBA [57, 58]. The TBA assay, described 
by Kikuzaki and Nakatani [51], measures the amount of malondi-
aldyehyde (MDA) formed from the gradual decomposition of lipid 
peroxides over time. MDA reacts with TBA to form a red MDA- 
TBA complex that can be measured using a UV–VIS spectropho-
tometer at 532 nm. In the presence of an antioxidant, the initial 
lipid peroxide production is slowed, and therefore, the amount of 
MDA available to react with TBA is lower compared to the blank 
control. The following protocol is based on the method described 
by Kikuzaki and Nakatani [51] and is generally performed in con-
junction with the FTC assay (see Subheading 3.11).

 1. Weigh 5 mg of algal sample into a 2 mL eppendorf tube. Add 
1 mL of ethanol and dissolve. Dilute 1 in 5 with ethanol 
(1  mg/mL). Use α-Tocopherol and/or butylated hydroxy-
toluene (BHT) as positive controls.

 2. Pipette 1 mL of sample (as prepared in step 1)/positive con-
trol/blank (ethanol) into a 10 mL test tube. Add 1.025 mL of 
linoleic acid solution, 2 mL of phosphate buffer, and 975 μL 
of distilled water to each tube so that the final volume of each 
tube is 5 mL.

 3. Incubate in darkness at 40 °C until the final day of the FTC 
assay (see Subheading 3.11).

 4. After incubation, take 240 μL of the mixture and add it to 
480 μL of TCA solution and 480 μL of TBA solution in a 
2 mL eppendorf tube. The final volume of each eppendorf 
tube is 1.2 mL. Put original mixture back in the incubator.

 5. Place each eppendorf tube in boiling water for 10 min  
(see Note 32).

 6. Cool eppendorf tubes and centrifuge at 1,000 × g for 20 min.
 7. Measure the absorbance of each tube at 532 nm using a UV–

VIS spectrophotometer. Extracts should be diluted to concen-
trations that will inhibit the production of MDA by between 
20 and 80 %. This may require trial and error but can be kept 
to a minimum by testing various concentrations of each extract.

 8. Express the results as AU at 532 nm and compare to the blank 
reaction. Alternatively, the antioxidant capacity of an extract 
can be calculated as the percentage inhibition (% I) of MDA 
production at 532 nm (see Eq. 7).

 
% /I A A A= ( )éë ùû ´0 1 0 100-

 
(7)

where A0 = absorbance of MDA production in the control 
reaction on the final day. A1 = absorbance of MDA production 
in sample reaction on the final day.
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4 Notes

 1. DPPH is a hydrophobic compound that can only be dissolved 
in organic solvents, which is an obvious limitation for measur-
ing the antioxidant capacity of hydrophilic antioxidants [59]. 
Above a certain level of water the DPPH reagent coagulates 
and becomes inaccessible to antioxidant molecules [60]. 
Studies by Stasko et al. [61] have shown a ratio of 1:1 metha-
nol/water (v/v) as being an appropriate solvent mixture limit 
before coagulation, thus allowing for the antioxidant capacity 
of both hydrophilic and hydrophobic antioxidants to be 
measured.

 2. The DPPH stock solution can react with light and oxygen. In 
order to prevent degradation cover the volumetric flask with 
aluminum foil and place in darkness. If stored correctly, the 
DPPH stock solution is stable for up to 1 week.

 3. The concentration of sodium borohydrate plays an important 
role in the formation of TNB. Ching et al. [27] reported that 
at 20 mM sodium borohydrate, a maximum yield of between 
60 and 70 % TNB is formed. This is compared with just 5 % 
using the original method of Winterbourn [28].

 4. FL is a pH sensitive probe and so the pH of the phosphate 
buffer (pH 7.4) should be monitored carefully [26]. The FL 
stock solution should be kept refrigerated (4 °C) in darkness 
and is stable under these conditions for several months [45].

 5. AAPH is used to generate peroxyl radicals in this assay through 
thermal decomposition. Therefore, the AAPH solution 
(153 mM) should be kept on ice throughout the assay to pre-
vent premature decomposition. This solution is stable for 8 h 
after which it must be discarded [45].

 6. When using water-based extracts, a centrifugation step may be 
required to remove insoluble material.

 7. At 515 nm the neat sample absorbance of an extract or com-
pound may cause interference when measuring the decolor-
ation of the DPPH radical. For example, carotenoids are a 
group of intensely colored compounds that can absorb at this 
wavelength [62]. This absorbance value must be added to the 
absorbance of DPPH in order to obtain a true measurement 
of radical scavenging activity.

 8. The incubation reaction time can differ from study to study 
and represents one of the main setbacks in standardizing 
results of the DPPH assay. Depending on the lag time of 
 various antioxidant compounds the reaction time may need 
to be increased in order for the complete reaction to occur. 
Since DPPH is a stable radical, the reaction time can be 
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 prolonged to account for reaction lag time. Depending on the 
antioxidant compounds present, the DPPH assay can take 
between 20 min and 6 h [17].

 9. The ABTS cation (blue) is formed through the deprotonation 
of ABTS (colorless) sulfonate groups by potassium persulfate. 
The reaction between ABTS and potassium persulfate is stoi-
chiometrically incomplete (ratio 1:0.5) and as a result the 
ABTS solution is not fully oxidized, leading to the formation 
of an unstable ABTS cation [23]. The instability of the ABTS 
cation means that it is not ready to be used immediately and 
must be left in darkness for at least 12 h in order to stabilize. 
The initial instability of the ABTS cation is often viewed as a 
drawback to this method.

 10. The ABTS cation solution is concentrated and must be diluted 
before use. ABTS is soluble in both aqueous and organic sol-
vents. The maximum absorbance of the ABTS cation solution 
should be 0.7 ± 0.02 AU [23]. Dilute the ABTS cation solu-
tion in the solvent corresponding to that used to dissolve the 
extracts. The reaction between ABTS cation solution and 
extracts is carried out at 30 °C. Therefore, the adjustment of 
ABTS cation solution must also be carried out at 30 °C.

 11. The incubation time for this reaction can vary depending on 
the type of antioxidants present in extracts. Many phenolic 
compounds have a redox potential lower than that of the 
ABTS cation [19]. This means the endpoint of the reaction 
can be measured after 6 min for phenolic rich extracts [23]. In 
the case of slower reacting antioxidants, 6 min may not be suf-
ficient to observe a complete reaction.

 12. The ABTS cation has a number of absorption maxima and 
thus can be measured at wavelengths of 415, 645, 734, and 
815 nm. Due to the probable interference of neat extracts at 
lower wavelengths, 734 nm is often the preferred absorption 
maximum used for measuring the decoloration of the ABTS 
cation in the presence of natural product extracts.

 13. After formation, the DMPD·+ should be left in darkness until 
use. The DMPD·+ is stable for up to 12 h.

 14. DMPD is only soluble in aqueous solvents. The measurement 
of hydrophobic antioxidants can greatly decrease the sensitivity 
and reproducibility of the assay [63]. Extracts should be diluted 
to concentrations that will inhibit the DMPD cation by between 
20 and 80 %. This may require trial and error but can be kept 
to a minimum by testing various concentrations of each extract.

 15. The reaction of the DMPD·+ and an antioxidant sample is 
rapid and forms a very stable endpoint. This is seen as a dis-
tinct advantage of the assay [25]. However, if the incubation 
time is increased, DMPD, in the presence of oxidants, can 
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produce free radicals leading to a gradual increase of color 
intensity over time [26].

 16. In the absence of a strong antioxidant, TNB becomes oxidized 
by HOCl and reforms DTNB. The antioxidant capacity of an 
extract is measured by the decrease of TNB absorbance at 
412 nm. Alternatively, the antioxidant capacity of an extract 
can be measured by the increase of DTNB at 325 nm. 
However, this alternative is seldom used as the TNB solution 
used in the reaction may contain preformed DTNB, which 
may result in high blank absorbances.

 17. The reduction of the Fe(III)-TPTZ complex is a nonspecific 
reaction. Therefore, any compound present in an extract that 
has a redox potential less than that of the Fe(III)-TPTZ com-
plex (0.771 eV) will cause its reduction and the formation of 
the Fe(II)-TPTZ complex. Furthermore, the reaction mecha-
nism in the FRAP method is based on electron transfer and is 
therefore unable to measure the antioxidant capacity of radical 
quenching antioxidants.

 18. It is recommended that the FRAP reagent is prepared freshly 
every day. When not in use it is best to keep the formed FRAP 
reagent incubated at 37 °C. The solubility of the iron-TPTZ 
complexes is vital to this reaction and so must be carried out 
under acidic conditions (pH 3.6). Acetate buffer is used to 
lower the pH so that iron remains soluble [19]. This is often 
seen as a limitation of the FRAP assay as it does not mimic 
physiological pH.

 19. Selecting the correct incubation time for the FRAP assay is a 
crucial variable when attempting to measure the antioxidant 
capacity of an extract accurately. Compounds that have a redox 
potential lower than that the Fe(III)-TPTZ complex 
(0.771 eV) will cause a reduction. Certain antioxidants such as 
polyphenols may react quite rapidly with the FRAP reagent, 
while others may react more slowly [64]. Therefore, a practi-
cal compromise must be made between both scenarios. The 
40 min incubation time described in this assay is only a sugges-
tion and can be altered depending on the antioxidant com-
pounds present in each sample.

 20. The absorbance of the Fe(II)-TPTZ complex formed as a 
result of antioxidant mediated reduction of the Fe(III)-TPTZ 
complex should range between 0.2 and 1.8 ± 0.02 AU when 
measured at 593 nm. If this is not the case, extracts should be 
either concentrated or diluted accordingly. This may require 
trial and error but can be minimized by testing various con-
centrations of each extract.

 21. Sodium carbonate is used in this reaction to increase the alkalin-
ity of the mixture (approx. pH 10). Under alkaline conditions 
the phenolic compounds become deprotonated forming a 
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 phenolate ion, which then reacts faster with the FC reagent 
(acidic) than it would under acidic conditions.

 22. The addition of sodium carbonate causes the reaction mixture 
to become cloudy due to the precipitation of sodium phos-
phate. After the incubation time has elapsed, the samples must 
be centrifuged in order to remove the precipitate from solu-
tion. Since the endpoint of the reaction is quite stable, time 
can be taken to perform this task.

 23. When measuring the absorbance (765 nm) of the reaction 
endpoint in the presence of a standard or sample, the value 
should range between 0.2 and 1.8 ± 0.02 AU. If this is not the 
case extracts should be either concentrated or diluted accord-
ingly. This may require trial and error but can be minimized by 
testing various concentrations of each extract.

 24. Crude extracts will generally contain a range of different 
unknown antioxidant compounds. In the CUPRAC assay sev-
eral small phenolic compounds have been shown [40] to 
quickly reduce the Cu(II)-Nc complex, while other larger 
molecules act much more slowly. The reaction time can be 
altered to ensure the reaction is complete. Alternatively, the 
temperature can be increased to 50 °C [40].

 25. The absorbance of the Cu(I)-Nc complex formed as a result of 
antioxidant mediated reduction of the Cu(II)-Nc complex 
should range between 0.2 and 1.8 ± 0.02 AU when measured 
at 450 nm. If this is not the case, extracts should be either 
concentrated or diluted accordingly. This may require some 
trials and error can be minimized by testing various concentra-
tions of each extract.

 26. Sample reactions that show a rapid decay in fluorescence signal 
are too weak and may need to be concentrated. On the other 
hand sample reactions that show little decay in fluorescence 
signal over 35 min are too strong and should be diluted.

 27. In the reaction mixture, the Co(II) fluoride solution reacts 
with H2O2 in a Fenton-like reaction to produce hydroxyl radi-
cals [65]. In the original method described by Ou et al. [46], 
Cu(I) and Fe(II) were also considered for hydroxyl radical 
production. However, these metals were shown to give unsta-
ble production of hydroxyl radicals as they are either prone to 
oxidation by air or prevent fluorescence decay at pH 7.4 [46]. 
Co(II) fluoride is also not soluble in water at this pH and 
forms a complex with picolinic acid (PA). The Co(II)-PA 
complex has demonstrated adequate fluorescence decay curves 
under these experimental conditions [46].

 28. The control of temperature throughout this assay is crucial for 
reproducibility. The oxidation of the carotenoid substrate 
depends on heat. If the heat is not constant, oxidation will 
occur at different rates between wells on the plate.
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 30. At this stage of the assay, linolenic acid is auto-oxidized by 
heat (40 °C) resulting in the formation of LOOH radicals. If 
an antioxidant is present, LOOH radicals become scavenged 
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Chapter 25

Disk Diffusion Assay to Assess the Antimicrobial Activity 
of Marine Algal Extracts

Andrew P. Desbois and Valerie J. Smith

Abstract

Marine algae are a relatively untapped source of bioactive natural products, including those with antimi-
crobial activities. The ability to assess the antimicrobial activity of cell extracts derived from algal cultures 
is vital to identifying species that may produce useful novel antibiotics. One assay that is used widely for 
this purpose is the disk diffusion assay due to its simplicity, rapidity, and low cost. Moreover, this assay gives 
output data that are easy to interpret and can be used to screen many samples at once irrespective of the 
solvent used during preparation. In this chapter, a step-by-step protocol for performing a disk diffusion 
assay is described. The assay is particularly well suited to testing algal cell extracts and fractions resulting 
from separation through bioassay-guided approaches.

Key words Antibacterial, Antibiotic, Bactericidal, Bioassay-guided fractionation, Natural products

1 Introduction

Marine algae are an untapped source of natural products with anti-
microbial activities, and relatively few studies have systematically 
screened these polyphyletic organisms for potential new antibiotics 
(e.g., [1–3]). Various assays are used to detect antimicrobial activ-
ity in cell extracts from microorganisms; one of the most popular 
of these methods is the disk diffusion assay [4]. This simple assay 
relies on the diffusion of compounds contained in the cell extract 
from a paper disk into agar that has been seeded with a particular 
target microbe. The compounds in the cell extract diffuse from the 
disk into the agar and their concentrations reduce exponentially 
with distance. If the compounds are antimicrobial and present at 
sufficient concentrations to prevent microbial growth, a clear zone 
appears around the disk after the plate has been incubated to allow 
the development of a microbial lawn of growth on the agar. As a 
result, zone size corresponds approximately to the total antimicro-
bial activity in the cell extract and the output data are considered 



404

to be semiquantitative. Moreover, the results of disk diffusion 
studies are easy to interpret and obtained typically within 24–48 h.

The disk diffusion assay is an inexpensive approach suitable for 
assessing the antimicrobial actions of relatively high numbers of 
cell extracts, such as might be undertaken in an early screening 
program. In addition, this assay is ideal to bioassay-guided frac-
tionation approaches during subsequent studies aimed at separat-
ing and identifying the active compound in the cell extracts [4]. An 
extract screen would likely generate tens of samples for testing, 
whereas a typical fractionation by solid-phase extraction and high- 
performance liquid chromatography could generate hundreds of 
fractions, and the disk diffusion assay is well suited to these 
medium- and high-throughput experiments. In addition, it is pos-
sible to test extracts and samples prepared in any solvent because 
this is evaporated prior to the commencement of the test. Often 
this can prevent the use of liquid-based approaches to assess anti-
microbial activity of samples prepared in toxic solvents. One draw-
back of the disk diffusion assay is its inability to differentiate 
between growth inhibitory and microbicidal activities, and subse-
quent tests have to be performed to elucidate this distinction. 
Furthermore, the assay is regarded as semiquantitative and caution 
has to be exerted when comparing the activities of different sam-
ples because many factors can influence the apparent antimicrobial 
activity of a sample, including the concentrations, molecular sizes, 
solubilities, and polarities of the active compounds.

The aim of this chapter is to provide a step-by-step method for 
performing the disk diffusion assay to assess the antimicrobial 
activity of algal cell extracts and fractions from bioassay-guided 
separations. Additional notes are provided to clarify any steps, offer 
tips and “know-how,” and explain the underlying theory.

2 Materials

The disk diffusion assay can be performed in any general microbi-
ology laboratory with the purchase of few additional pieces of 
equipment or consumables. Thus, it is expected that the laboratory 
has workspace suited to performing aseptic technique and access to 
standard infrastructure, such as incubators and an autoclave. 
Importantly, as this assay can be performed with human patho-
gens, it is vital to adhere to all local, national, and international 
safety precautions and procedures associated with working with 
these hazardous microorganisms and disposing of contaminated 
waste materials (e.g., in the United Kingdom, see [5]).

The consumables and equipment required to perform this 
assay are:

 1. “Blank” 6 mm diameter antibiotic susceptibility paper disks.
 2. Absolute ethanol.

Andrew P. Desbois and Valerie J. Smith



405

 3. Distilled/deionized water.
 4. Aluminum foil.
 5. Sterile cotton wool swabs.
 6. Sterile Petri dishes (9 cm diameter; polystyrene).
 7. Agar media suitable for growing the target microbes of interest.
 8. Pipette and sterile tips suitable for transferring up to 20 μL of 

liquid.
 9. Forceps (metal or sterile disposable plastic).
 10. Blue roll, ruler, black marker pen, and calculator.

3 Methods

 1. Autoclave the paper disks, water, agar, forceps (if using metal 
ones), and tips at 121 °C for 15 min (see Note 1). Most other 
equipments are either provided sterile from the manufacturer 
or do not require sterilization.

 2. Agar for the assay should be prepared according to manufac-
turers’ instructions. Once poured into Petri dishes (depth of 
approximately 4 mm), the plates should be left to dry with lids 
on at room temperature for at least 24–48 h (see Note 2).

 3. Cover a piece of rigid cardboard or plastic (approximately 
20 × 30 cm) in aluminum foil, as the paper disks rest on this 
board during the loading and drying steps (see Note 3).

 4. An inoculum of the target bacterium or fungus is required and 
this should come from an agar plate with multiple colonies or 
lawn growth (see Note 4).

 1. Spray the foil-covered board with absolute ethanol and wipe 
clean with blue roll. Repeat this step with sterile water  
(see Note 5).

 2. Once the board surface has dried completely, place the paper 
disks on the board and arrange in rows using clean forceps  
(see Note 6).

 3. Load 20 μL of sample onto the center of the first paper disk 
using a pipette. Repeat this process by using a separate disk for 
each sample (see Note 7).

 4. Let the paper disks to dry completely at room temperature  
(see Note 8).

 5. Reload the paper disks with further sample (20 μL each time) 
to increase if needed the total quantity of sample to be tested 
(see Note 9).

 6. Prepare a positive control paper disk to contain a quantity of a 
compound known to give a particular zone size against the 
target microbe (see Note 10).

3.1 Preparation 
of Materials

3.2 Preparation 
of the Disks

Disk Diffusion assay for assessing antimicrobial activity
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 7. Prepare negative control paper disks loaded with volumes 
equal to the maximum quantities of solvents loaded onto any 
of the test disks (see Note 11).

 8. It is desirable, but not always necessary, to have control paper 
disks for each agar plate because it may not be possible to fit all 
the disks onto a single plate.

 9. Let all of the loaded paper disks and corresponding control 
disks dry completely at room temperature.

 1. Swab a visible quantity of microbial growth from the inocu-
lum agar plate with the use of a sterile cotton wool swab. It is 
recommended that this material is derived from more than 
one colony (e.g., 3–5 colonies) (see Note 12).

 2. Starting from the center of the Petri dish, streak the microbes 
on the cotton wool swab across the plate in multiple rapid 
strokes until reaching the top of the plate (Fig. 1). It is impor-
tant that the agar surface is evenly covered with the microbial 
inoculum (see Note 13).

 3. Turn the plate 180 ° and repeat the streaking process exactly 
as before (Fig. 1).

 4. Turn the plate 90 ° and, starting from the center of the Petri 
dish, again streak across the plate until reaching the top (Fig. 1). 

3.3 Preparation 
of the Plate

Fig. 1 Schematic representation of how to spread the microbial inoculum evenly across the agar plate with a 
sterile cotton wool swab (steps (a) to (d)). In reality, the lines should be virtually overlapping such that the 
whole surface of the agar comes into contact with the head of the swab
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Finally, turn the plate 180 ° and for the final time repeat the 
streaking process exactly as before (Fig. 1) (see Note 14).

 5. Label the underside of the plate to indicate where each disk 
should be positioned. The disks should be positioned in a reg-
ular pattern with plenty of space between them (see Note 15).

 6. Place the loaded paper disks and corresponding controls with 
sterile forceps onto the agar surface in positions matching 
their labels and press down gently on each disk to ensure that 
it is attached to the surface (see Note 16).

 7. Invert the agar plates and incubate at the optimum growth 
temperature for the target microbe (see Note 17).

 8. The plates should be incubated for a period sufficient to allow 
the development of a lawn of growth, which is typically 
24–48 h for most microbial species (see Note 18).

 1. Read the results of the assay by holding the agar plate up to a 
light or placing it onto a dark background such as black paper. 
The presence of a clear zone around a paper disk indicates that 
antimicrobial compounds have diffused into the agar from the 
disk in sufficient concentrations to prevent microbial growth 
(see Note 19).

 2. Mark the x- and y-plane edges of each clear zone with a black 
marker pen.

 3. With the aid of a ruler, measure the x- and y-plane diameters 
of each clear zone to the nearest millimeter (see Note 20).

 4. Calculate the mean radius for the clear zone from the two 
diameter measurements using the formula r d d= +( )1 2 4/ .

 5. Calculate the approximate total area of the clear zone (A) 
using the equation A r=p 2, where r is the mean radius of the 
clear zone (see Note 21).

 6. Finally, calculate the area of the paper disk and subtract this 
value from each of the total area of the clear zone values to 
give an estimate of the antimicrobial activity in each sample 
(see Note 22).

4 Notes

 1. It is recommended to autoclave batches of 100–200 paper 
disks in separate glass universal bottles.

 2. It is important to use dry agar plates for the assay because 
moisture on the agar surface will influence the diffusion of 
compounds contained in the test sample from the paper disk. 
Nevertheless, if the agar is especially dry or cracking then the 
plates should be discarded.

3.4 Reading 
the Plate

Disk Diffusion assay for assessing antimicrobial activity
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 3. The board can be reused after washing with ethanol and water 
but to prevent contamination of later tests it is probably advis-
able to prepare a fresh board for each experiment.

 4. It is desirable that the inoculum agar is the same as that being 
used for the disk diffusion assay plate, as this will reduce any lag 
growth effects caused by adaptation to new growth conditions.

 5. The foil-covered board should be cleaned thoroughly to 
ensure that it is free from any contaminating compounds that 
could be absorbed into the paper disks.

 6. Do not use fingers to move the paper disks because there are 
antimicrobial compounds on the skin that could be absorbed 
into the disk and influence the outcome of the assay.

 7. If the sample to be tested is less than 20 μL, it is advisable to 
increase the sample volume to 20 μL so that it will be evenly 
distributed throughout the paper disk, which should ensure 
uniform diffusion in all directions through the agar.

 8. Different solvents will take varying times to evaporate from the 
paper disk. The disks should be allowed to dry away from drafts 
created by equipment or workers because these can cause the 
disks to move, which risks them becoming mixed up. Though 
the volumes of solvents being dried are very small, please con-
sider whether there is a need to dry the paper disks in an extrac-
tion hood. The drying step ensures that the paper disk is free 
from potentially toxic solvents prior to testing. Furthermore, it 
is important to ensure that the disks are dried completely, as 
residual solvent may prevent further loading of the disk or 
influence the diffusion of the sample on the agar plate.

 9. It is not unusual to repeat the reloading step up to five times, 
which would then assess the antimicrobial effects of the com-
pounds in 100 μL of the sample.

 10. Preliminary experiments should be performed to ascertain 
suitable positive controls for each target microbe. A zone size 
with a diameter of approximately 15 mm is recommended.

 11. Often multiple negative control paper disks are required as the 
test samples may be constituted in a variety of solvents.

 12. As this assay is semiquantitative there is no need to use a precise 
standardized inoculum. The assay can be performed for Gram-
positive and Gram-negative bacteria, as well as fungi and other 
microbes that divide to form lawns of growth on agar plates.

 13. Generally it is easier to spread “up” the plate, but be careful 
not to press too hard during streaking because this may dam-
age the agar surface. If the agar is damaged, for example by 
tearing, it should be discarded and a fresh plate prepared.

 14. Ensure that the whole surface of the agar is covered with the 
inoculum as evenly as possible. It will not be possible to see 
the coverage of the microbe clearly because this should be a 
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very fine film of cells; however it should be possible to see 
where the swab has contacted the agar.

 15. There should be room for up to 25 paper disks on each agar 
plate and a paper grid or template can be prepared to aid with 
spacing.

 16. When applying gentle force to the top of each disk be careful 
to ensure that the disk does not move horizontally as this may 
create a small clear zone after incubation. Never try to replace 
a disk once it has contacted the surface.

 17. There is no need to seal the agar plates with tape or products 
such as Parafilm M®.

 18. Though distinct lines may be apparent in the lawn (corre-
sponding to where the swab was streaked across the surface), 
the lawn should be reasonably uniform across the entire agar 
surface.

 19. There should be no clear zone around the negative control 
paper disks but there should be a visible clear zone of approxi-
mately the expected size (close to 15 mm) around the positive 
control disk.

 20. If a clear zone has apparently been restricted in size by the 
edge of the plate, then calculate its diameter by taking the 
radius from the side that can be read.

 21. Area is a better measure for potency than simple diameter or 
radius measurements due to the two-dimensional nature of 
the diffusion.

 22. Zone sizes will vary according to various properties of the 
compound(s) responsible for the antimicrobial activity, includ-
ing concentration, molecular size (larger compounds will 
diffuse more slowly), solubility, and polarity. This assay is semi-
quantitative and caution is advised when comparing zone sizes, 
particularly when the nature of the antimicrobial compound(s) 
responsible for the activity is unknown. It is worth remember-
ing that in samples containing a mixture of chemical constitu-
ents there is no way of distinguishing a high- potency compound 
at low concentration or a low-potency compound at high con-
centration as both scenarios could give identical zone sizes. 
Moreover, there is inherent plate-to-plate variability caused by 
other factors, such as the size of inoculum used for each plate 
and the thickness of the agar (since the compounds will diffuse 
in three dimensions a shallow agar will produce a larger clear 
zone than a deeper agar). Medium composition, such as pH 
and ion concentrations (especially divalent cations such as cal-
cium and magnesium), will also influence the sizes of the clear 
zones. Finally, agarose can be used in place of agar to set the 
plates, as the former is less chemically complex and less charged, 
meaning it generally demonstrates fewer physicochemical inter-
actions with biomolecules such as proteins.

Disk Diffusion assay for assessing antimicrobial activity



410

 1. Reichelt JL, Borowitzka MA (1984) Antimicro-
bial activity from marine algae: results of a 
large-scale screening programme. 
Hydrobiologia 116–117:158–168

 2. Kellam SJ, Walker JM (1989) Antibacterial 
activity of marine microalgae in laboratory cul-
ture. Br Phycol J 24:191–194

 3. Guedes AC, Barbosa CR, Amaro HM et al (2011) 
Microalgal and cyanobacterial cell extracts for use 
as natural antibacterial additives against food 
pathogens. Int J Food Sci Technol 46:862–870

 4. Desbois AP, Lebl T, Yan L et al (2008) Isolation 
and structural characterisation of two antibacte-
rial free fatty acids from the marine diatom, 
Phaeodactylum tricornutum. Appl Microbiol 
Biotechnol 81:755–764

 5. Advisory Committee on Dangerous Pathogens 
(2005). Biological agents: managing the risks in 
laboratories and healthcare premises. Health 
and Safety Executive, UK. http://www.hse.
gov.uk/biosafety/biologagents.pdf. Accessed 
12 Nov 2013

References

Andrew P. Desbois and Valerie J. Smith

http://www.hse.gov.uk/biosafety/biologagents.pdf
http://www.hse.gov.uk/biosafety/biologagents.pdf


411

Dagmar B. Stengel and Solène Connan (eds.), Natural Products From Marine Algae: Methods and Protocols, Methods 
in Molecular Biology, vol. 1308, DOI 10.1007/978-1-4939-2684-8_26, © Springer Science+Business Media New York 2015

    Chapter 26   

 Screening of a Marine Algal Extract 
for Antifungal Activities 

           Graciliana     Lopes    ,     Paula     B.     Andrade    , and     Patrícia     Valentão    

    Abstract 

   Over the past few years algal extracts have become increasingly interesting to the scientifi c community due 
to their promising biological properties. Phlorotannin extracts are particularly attractive partly due to their 
reported antifungal activity against several yeast and dermatophyte strains. 

 The micromethod used for the evaluation of the minimum inhibitory concentration (MIC) and the 
minimum lethal concentration (MLC) represents an effective and solvent-saving procedure to evaluate the 
antifungal activity of algae extracts. Here we describe the micromethod for determining the MIC and the 
MLC of algal extracts by using the example of a purifi ed phlorotannin extract of brown algae.  

  Key words     Algae  ,   Antifungal  ,   Micromethod  ,   Minimum inhibitory concentration (MIC)  ,   Minimum 
lethal concentration (MLC)  ,   Phlorotannins  

1      Introduction 

 Over the past few decades, marine organisms have been the source 
for the discovery of many new molecules with a broad spectrum of 
biological activities [ 1 ,  2 ]. Amongst these, algae hold a prominent 
place, not only because of their chemical and structural diversity, 
but also because of their historical use in food and traditional med-
icine since ancient times [ 1 ]. 

 Despite the interest stimulated by most algal groups investi-
gated, brown algae hold a prominent position as they are the only 
group of algae capable of producing phlorotannins, a class of 
metabolites with unique features [ 2 ,  3 ]. These polyphenols are 
polymers of phloroglucinol (1,3,5-trihydroxybenzene), biosynthe-
sized through the acetate-malonate pathway in the Golgi apparatus 
in the perinuclear area of the cell [ 3 ]. In brown algae, phlorotan-
nins can be found as part of the cell membranes and stored in 
physodes, having as main function the defense of the organism 
against oxidative stress, pathogens, and herbivores [ 4 ]. Regardless 
of the interesting bioactivities displayed by whole extracts of algae 
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prepared with different solvents [ 5 ,  6 ], phlorotannin extracts have 
been the focus of many studies. In addition to their important 
natural ecological function, phlorotannins display several biologi-
cal activities that can be important for the pharmaceutical industry. 
Thus, compared to several drugs currently used in therapeutics, 
phlorotannins show reduced undesirable side effects and microor-
ganism resistance [ 7 ]. The wide array of biological properties 
reported for phlorotannins has been attributed to both extracts 
and isolated compounds. Amongst the most studied biological 
activities, anti-infl ammatory [ 5 ,  8 ], antioxidant [ 5 ,  8 – 13 ], antibac-
terial [ 8 ,  12 – 14 ], and antifungal [ 8 ,  15 ,  16 ] can be highlighted. 
Amongst these, antifungal activity has been the least explored and 
the studies that are available are only relatively recent. 

 The search for new antifungal agents is an emergent need, not 
only due to the increment of fungal infections, but also because of 
the recent increase in resistance to antifungal agents [ 17 ]. 
Additionally, the increment in using antifungal drugs has increased 
the number and variety of fungal resistance. Resistant microorgan-
isms can cause morbidity and mortality, entailing high costs for the 
health care systems [ 18 ]. Therefore, substantial attention has been 
given to natural products with antifungal properties, stimulating 
the search for therapeutic alternatives. 

 Phlorotannins seem to be a good alternative for the treatment 
of fungal infections, especially those caused by dermatophytes [ 8 , 
 15 ,  16 ]. To our knowledge, there is only one study concerning the 
antifungal activity of isolated phlorotannins [ 16 ]. Lee et al. iso-
lated dieckol from the brown algae  Ecklonia cava  Kjellman and 
evaluated its antifungal activity against the dermatophyte 
 Trichophyton rubrum . This study showed the fungicidal activity of 
dieckol, possibly due to its ability to promote the loss of cytoplas-
mic membrane integrity of the dermatophyte. A screening of the 
antifungal activity of phlorotannins was performed by our research 
group [ 8 ,  15 ] who evaluated the antifungal activity of phlorotan-
nin purifi ed extracts over a wide range of yeast, dermatophytes, 
and  Aspergillus  sp. [ 15 ]. The results demonstrate that dermato-
phytes were the most sensitive to phlorotannins confi rming previ-
ous results [ 8 ,  15 ,  16 ]. The phlorotannin extracts studied were 
fungistatic for yeast and inactive against  Aspergillus  sp. [ 8 ,  15 ]. An 
assessment of the mechanism of antifungal action was recently per-
formed and the infl uence of phlorotannin extracts on the germ 
tube production by the yeast  Candida albicans  ATCC 10231 was 
also assessed [ 15 ]. 

 This chapter describes the methodology to assess the antifungal 
activity of an algal extract. This screening for the antifungal activity 
comprises the determination of the minimum inhibitory concentra-
tion (MIC) and minimum lethal concentration (MLC) against dif-
ferent types of microorganisms. The methodology described here 
consists in a micromethod performed in a  fl at- bottomed 96-well 
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plate, modifi ed according to the Clinical and Laboratory Standards 
Institute (CLSI) reference protocols [ 19 ,  20 ]. It is solvent saving 
and represents a valuable improvement to avoid trailing effects gen-
erally observed with  C. albicans  [ 21 ]. This method can be applied 
to any algal extract; in this chapter, a purifi ed phlorotannin extract 
from brown seaweeds is used as an example.  

2    Materials 

 Use non-sterile deionized water (unless indicated otherwise) and 
analytical grade reagents to prepare the solutions. Store all reagents 
and cultures at 4 °C (unless specifi ed otherwise). Follow the waste 
disposal regulations concerning reagents and microbial cultures. 

       1.    Yeast cells ( Candida albicans  ATCC 10231 and  Candida kru-
sei  ATCC 6258), dermatophyte ( Trichophyton rubrum ), and 
 Aspergillus  sp. ( Aspergillus fumigatus ), stored in broth medium 
with 20 % glycerol, at −70 °C, and subcultured in Sabouraud 
dextrose agar (SDA) with chloramphenicol before preparing 
the suspensions.   

   2.    RPMI-1640 broth (with  L -glutamine, without bicarbonate, 
and with phenol red as pH indicator) (Biochrom AG, Berlin, 
Germany): To prepare 500 mL of culture medium, weigh 
5.2 g of RPMI and 17.27 g of 3-( N -morpholino) propanesul-
fonic acid (MOPS) and transfer the powders to a 500 mL cyl-
inder ( see   Note 1 ). Add water to a volume of 400 mL, mix, 
and adjust the pH with NaOH ( see   Note 2 ). Make up to 
500 mL with water, sterilize by fi ltration through a sterile 
0.22 μm membrane, under aseptic technique, and store in the 
refrigerator.   

   3.    RPMI-1640 with 5 % DMSO: To prepare 5 mL of this solu-
tion, pipette 4,975 μL of RPMI-1640 to a sterile Falcon, with 
a 5,000 μL volumetric pipette, under aseptic technique. Add 
25 μL of DMSO, vortex and store.   

   4.    Fluconazole (Pfi zer): To prepare the stock solution (2.048 mg/
mL) weigh 2.5 mg of fl uconazole into an Eppendorf. Dissolve 
in 1,220 μL of water and sterilize by fi ltration through a sterile 
0.22 μm membrane, under aseptic technique. Divide in two 
aliquots of 250 μL and one aliquot of 220 μL and store at 
−80 °C.   

   5.    0.85 % NaCl solution: To prepare 100 mL of solution, weigh 
850 mg of NaCl and transfer to a beaker. Dissolve by gradually 
adding 100 mL of water. Transfer to a glass bottle and sterilize 
by autoclaving for 15 min at 120 °C. Leave the bottle at 
room temperature to cool down and then store it in the 
refrigerator.      

2.1  Determination 
of the MIC

Antifungal Bioassay
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       1.    SDA (Bio-Mérieux, Mary L’Étoile, France): To prepare 
500 mL of culture medium weigh 22.75 g of SDA and trans-
fer the powder to a 1 L Erlenmeyer. Add 250 mL of water, 
shake gently to dissolve the powder, and add the remaining 
water. Close the Erlenmeyer with cotton and sterilize by auto-
claving at 120 °C for 15 min. Leave the Erlenmeyer at room 
temperature for 5 min and then put it in a water bath at 50 °C 
for 15 min.   

   2.    Remove the medium from the water bath and distribute it 
through sterile Petri dishes. Use a volume of approximately 
18–20 mL for each dish. Close the dishes and leave them at 
room temperature until complete solidifi cation. Invert the 
dishes and store at 4 °C ( see   Note 3 ).       

3    Methods 

       1.    Add 500 μL of DMSO to the dry phlorotannin extract ( see  
 Note 4 ).   

   2.    Transfer the solution to a 5 mL volumetric fl ask and complete 
the volume with water ( see   Note 5 ).   

   3.    Sterilize the solution by fi ltration with a sterile 0.22 μm size 
pore membrane, under aseptic technique.   

   4.    Keep the solution in the freezer (−80 °C) until use.      

   Prepare cells or spore suspensions from recent cultures of the dif-
ferent strains of fungi on SDA with chloramphenicol and dilute 
them with RPMI-1640 broth in order to achieve the desired 
colony- forming units (CFU)/mL. The cell and spore suspensions 
must be freshly made, and should be used at least within the 2 h 
that follow their preparation. 

       1.    Prepare a yeast suspension in an API ®  tube and adjust the tur-
bidity to 0.5 MFA in a densitometer.   

   2.    Make a 1:50 dilution with RPMI-1640, in an Eppendorf (v/v; 
10 μL yeast suspension + 490 μL RPMI-1640), followed by a 
1:20 dilution with RPMI-1640, in a Falcon (v/v 250 μL of 
the 1:50 dilution + 4750 μL of RPMI-1640) and vortex.      

       1.    Prepare a spore suspension in a Falcon with 2 mL of sterile 
0.85 % NaCl solution, vortex, and count the number of spores 
in a Neubauer chamber ( see   Note 6 ).   

   2.    Adjust the suspension between 20 and 60 spores/quadrant, 
adding more spores or diluting with sterile 0.85 % NaCl if 
necessary.   

   3.    Make a 1:100 dilution in RPMI-1640 (v/v; 50 μL of spore 
suspension + 4,950 μL RPMI-1640) and vortex.      

2.2  Determination 
of the MLC

3.1  Preparation 
of Phlorotannin 
Extract 
for the Screening 
of Antifungal Activity

3.2  Yeast and Spore 
Suspension 
Preparation

3.2.1  Yeast Suspension 
( C. albicans  ATCC 10231 
and  Candida krusei  
ATCC 6258)

3.2.2  Dermatophyte 
Spore Suspension 
( T. rubrum )
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       1.    Prepare a spore suspension in a Falcon with 2 mL of sterile 
0.85 % NaCl solution, vortex, and count the number of spores 
in a Neubauer chamber ( see   Note 6 ).   

   2.    Adjust the suspension to 200–250 spores/quadrant, adding 
more spores or diluting with sterile 0.85 % NaCl if necessary.   

   3.    Make a 1:50 dilution in RPMI-1640 (v/v; 100 μL of spore 
suspension + 4,900 μL RPMI-1640) and vortex.       

      All the procedures must take place under aseptic conditions.

    1.    Make a 1:2 (v/v) dilution of the phlorotannin extract in 
RPMI- 1640 ( see   Note 7 ).   

   2.    Make 11 serial dilutions of the fi rst solution, using RPMI-
1640 with 5 % DMSO ( see   Note 8 ).   

   3.    In a sterile 96-well plate, add 100 μL of each extract dilution 
to each well, in duplicate ( see   Note 9 ).   

   4.    Add 100 μL of the testing microorganism suspension (yeast, 
dermatophyte, or  Aspergillus  sp.) to each well ( see   Note 10 ).   

   5.    Include a positive control (mix 100 μL RPMI-1640 + 100 μL 
microorganism suspension) and sterility controls (200 μL of 
all reagents used in the assay, i.e., RPMI-1640 and 0.85 % 
NaCl) in each assay ( see   Note 11 ), according to the scheme 
shown in Fig.  1 . If there is no growth on the positive control, 
or if there is growth on the wells corresponding to the sterility 
control, the MIC assay cannot be validated.   

   6.    Include a methodology control using a known strain ( C. kru-
sei  ATCC 6258) with a known antifungal drug (fl uconazole), 
for which the value/range of MIC is known (e.g., 
16 < MIC < 128 for  C. krusei ). The control is performed along 
with samples ( see  Fig.  1 ):
 –    Prepare serial dilutions of fl uconazole stock solution 

(2.048 mg/mL) using RPMI- 1640: add 250 μL of 
RPMI-1640 to an aliquot of 250 μL of the fl uconazole 
stock solution (1:2 dilution, v/v); make serial dilutions 
from the previous one in RPMI-1640.  

 –   Apply the fl uconazole serial dilution in the 96-well plate, 
using the same procedure as for the extract.  

 –   Apply 100 μL of  C. krusei  ATCC 6258 suspension (after 
vortex) on each well.  

 –   Incubate along with  C. albicans  ATCC 10231 and read 
the MIC.      

   7.    Incubate the plates at 35 °C in a humidifi ed oven (put a beaker 
inside the oven with deionized water to avoid mediums dry-
ing), without agitation, for 48 h for  C. albicans  ATCC 10231, 
 C. krusei  ATCC 6258 and  A. fumigatus , and at 30 °C, for 
96 h, for  T. rubrum .   

3.2.3   Aspergillus  sp. 
( A. fumigatus ) Spore 
Suspension

3.3  Determination 
of the MIC ( See  Fig.  1 ) 
[ 19 ,  20 ]
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   8.    Read the MIC after the incubation period: The MIC value 
corresponds to the lowest concentration resulting in 100 % of 
growth inhibition ( see   Note 12 ).      

          1.    Remove 20 μL from all wells showing no visible growth on the 
96-well plate ( see   Note 13 ) to an SDA Petri dish: divide each 
Petri dish into eight sections; mark each section with the extract 
concentration found in the well to be transferred; apply the 
20 μL in the center of each division, as a drop ( see   Note 14 ).   

   2.    Close the Petri dish and leave it at room temperature until 
completely dry ( see   Note 15 ).   

   3.    Invert the Petri dish and incubate for 48 h at 35 °C for yeast 
and  Aspergillus  sp. and during 96 h at 30 °C for 
dermatophytes.   

   4.    Read the MLC after the incubation time: the MLC corre-
sponds to the lowest concentration showing 100 % of growth 
inhibition ( see   Note 16 ).       

4    Notes 

     1.    The presence of water at the bottom of the cylinder is impor-
tant to prevent the powders from sticking to the glass. Close 
the cylinder with the stopper and shake it vigorously. RPMI- 
1640 and MOPS will easily dissolve.   

   2.    First, use a 5 N NaOH solution, to reduce the difference 
between the starting pH and the required pH. Thereafter, a 
1 N NaOH can be used until the required pH is reached, since 
a solution with a lower ionic strength avoids a sudden rise in 
the pH above the required one.   

   3.    Petri dishes have to be fi lled with SDA at around 50 °C—to 
assure that the culture medium is still liquid, but not too hot 
to melt the dishes. If SDA is still hot when the Petri dish is 
closed, it will lead to the formation of condensation water in 
the cover. For this reason, and to avoid the condensed water 
to drop into the culture medium, as soon as SDA is solidifi ed, 
dishes have to be inverted and stored.   

   4.    Phlorotannin extracts are normally not completely soluble in 
water. These compounds need at least 10 % of methanol or 
DMSO to be dissolved. DMSO is preferred as methanol easily 
evaporates, making it more diffi cult to keep concentration of 
the solution constant.   

   5.    After transferring the solution, add small amounts of water 
to the Erlenmeyer (in order to remove all the compounds) 
and transfer it to the volumetric fl ask, until the volume is 
complete.   

3.4  Determination 
of the MLC ( See  Fig.  1 ) 
[ 22 ]

Antifungal Bioassay
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   6.    For counting spores use the four lateral quadrants of the 
Neubauer chamber. These quadrants are divided into 16 
smaller squares, corresponding to those used in biochemistry 
for the counting of leukocytes. Each side of the Neubauer 
chamber should be fi lled with 10 μL of spore suspension (pre-
viously vortexed). The number of spores corresponds to the 
mean of the spores in each of the four quadrants.   

   7.    Make all the dilutions in Eppendorfs, using 500 μL of 
extract + 500 μL of RPMI-1640. The phlorotannin extract has 
a fi nal DMSO concentration of 10 %. The 1:2 dilution (v/v) 
with RPMI-1640 gives a solution with 5 % DMSO.   

   8.    The serial dilutions are prepared in RPMI-1640 with 5 % 
DMSO in order to assure that all samples used for the screen-
ing of antimicrobial activity have the same DMSO concentra-
tion. Use 500 μL of the previous solution in addition to 
500 μL of RPMI-1640 with 5 % DMSO. The fi nal DMSO 
concentration in the wells will be 2.5 %, because the extract 
will be further diluted with the microorganism suspension in 
RPMI-1640.   

   9.    Vortex each phlorotannin (or other compound dilution) 
before adding it to the well. Start with the most diluted sam-
ple, from left to right, according to Fig.  1 .   

   10.    Vortex the microorganism suspensions for 1 min before add-
ing them to the wells. Microorganisms tend to sediment out. 
In case of testing more than one phlorotannin or other com-
pound or extract, the microorganism suspension should be 
vortexed between extract additions. After adding 100 μL of 
microorganism suspension to the wells containing 100 μL of 
the extract, the extract concentration will suffer a 1:2 dilution 
(v/v). The results will be relative to the fi nal concentration in 
the well and not to the extract concentration in the Eppendorf.   

   11.    A positive control and a sterility/negative control must always 
be performed with the assay, these being the fi rst wells to be 
read. The positive control assures that the microorganisms are 
growing well while the sterility control assures that the reagents 
are well sterilized and that no contaminations occurred during 
the manipulation. The assay can only be validated if all the 
controls give the expected result.   

   12.    Growth evaluation is made with the naked eye, evaluating the 
presence/absence of turbidity (growth), and by comparison 
with the positive control.   

   13.    Mix the content of each well with a pipette before transferring 
it to the SDA dish. Start from the well with the highest extract 
concentration, using the same tip, under aseptic conditions. If 
it is not possible to perform the MLC assay after determining 
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the MIC, the 96-well plates can be kept closed in the refrigera-
tor and the MLC can be determined within the following 24 h. 

 If there is no visible growth, this does not mean that the 
microorganism is dead. It can be kept alive in the well, but had 
lost the capacity to growth in contact with the tested com-
pounds. With this assay we can evaluate the fungistatic capac-
ity of the extracts, by the determination of their MIC. On the 
other hand, in order to determine whether the extracts have 
also fungicidal activity, the content of each well where no 
growth has occurred has to be transferred to a new culture 
medium where it will be no longer in contact with the extracts. 
This subculture of the 96-well plate suspension will make clear 
whether the microorganisms are viable or not.   

   14.    Do not spread the liquid and keep the dish on the horizontal 
until completely dry. If the Petri dish is moved during this 
procedure, the transferred volumes can fl ow, mix, and hinder 
or preclude the reading of the results.   

   15.    If it is taking too long for the sample drops to dry, the Petri 
dish can be opened and carefully moved around the Bunsen 
fl ame, avoiding liquid fl ow. A gentle warming will allow the 
drops to dry faster.   

   16.    For an extract with fungicidal activity, the MLC value is nor-
mally equal or differs from one or two serial dilutions from 
MIC. If the range from MIC and MLC is higher than this, the 
extract cannot be considered fungicidal, but only fungistatic.         
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    Chapter 27   

 Protocol for Assessing Antifouling Activities 
of Macroalgal Extracts 

           Claire     Hellio     ,     Rozenn     Trepos    ,     R.     Noemí     Aguila-Ramírez    , 
and     Claudia     J.     Hernández-Guerrero   

    Abstract 

   The development of novel environmentally friendly antifouling (AF) solutions is a very active fi eld in fun-
damental and applied research. An attractive option in producing such material resides in biomimetic stud-
ies: living organisms have evolved well-adapted structures and materials over geological times through 
natural selection. In this chapter, we explain the experimental procedure to be followed for the preparation 
of macroalgal extracts and to assess their AF effi ciency towards key species. All bioassays described here 
have the advantage of being fast, reliable, and standardized.  

  Key words     Antifouling  ,   Bacteria  ,   Barnacles  ,   Bioassay  ,   Macroalgae  ,   Marine extracts  ,   Microalgae  ,   Mussels  

1      Introduction 

 The process of biofouling (accumulation of organisms on immersed 
surface) is a phenomenon that affects severely numerous produc-
tive sectors (aquaculture, oil, shipping) by causing damage to plat-
forms, structures, and ship hulls, besides generating huge economic 
losses [ 1 ,  2 ]. Antifouling (AF) coatings are used in order to avoid 
the colonization of surfaces by biofoulers and, consequently, the 
high costs relative to transport delays, hull repairs, cleaning of 
desalination units, and biocorrosion (estimated at 150 billion USD 
per year) [ 3 ]. Given the toxicity of AF paint formulations (incorpo-
rating copper and biocides) and the fact that bacteria can rapidly 
develop resistance to biocides [ 4 ], it is crucial to work continu-
ously on the development of new solutions. With these objectives, 
there is nowadays an intensive research effort towards the search 
for environmentally friendly alternative solutions based on biomi-
metics and linking chemical ecology to marine biotechnology [ 5 ]. 
A promising area is the discovery and screening of marine natural 
products from macroalgae. These organisms, which are non-motile 
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and often have soft body, synthesize bioactive compounds for the 
protection against external environmental pressures such as preda-
tion and competition or to prevent the settlement of other organ-
isms on their surfaces [ 5 – 10 ]. However, a major diffi culty for 
marine natural chemists is to distinguish which organisms produce 
the bioactive compounds: the basibiont (host) or the epibionts 
(e.g., surface-associated microfl ora) [ 11 ]. Since chemical extrac-
tion processes do not discriminate whether compounds originate 
from algae or from its associated microfl ora, a key step to be made 
immediately prior to extraction and isolation of molecules is the 
deletion of epibionts from the algae studied. Within chemical, eco-
logical, and biotechnological contexts, the clear identifi cation of 
source organisms becomes crucial when symbiotic interactions 
occur. The protocols commonly used vary according to the mois-
ture content of macroalgae ( see  Subheading  3 ). The advantage of 
the proposed methodologies relies on the allowance for signifi cant 
decontamination of algal covers without altering the surfaces. The 
succeeding steps consist of chemical extraction (using several sol-
vents), followed by bioactivity assessment against key colonizers: 
bacteria, microalgae, macroalgae, and invertebrates. A previous 
study [ 12 ] has emphasized that the chance of fi nding new com-
pounds displaying AF activity is higher when sampling and testing 
organisms from the same environment. 

 One of the fi rst steps in the chemistry of marine natural prod-
ucts consists of obtaining organic extracts from organisms that are 
assumed to contain bioactive compounds. Selection of the extract-
ing solvent thus depends on the research objective; yet some 
aspects must be considered, such as solvent polarity and high 
capacity of solvation for the substance to be extracted. Regarding 
extraction of polar nature compounds (such as phenolic com-
pounds), methanol is a good extracting solvent, while hexane or 
chloroform allow the extraction of compounds with non-polar 
properties. When the nature of the bioactive extract is unknown, it 
is recommended to use mixtures of solvents of different polarity, or 
else use a polar solvent (ethanol) and conduct the further extract 
partitioning with solvents of decreasing polarity. The hexane dip-
ping method [ 13 ] enables extraction of surface molecules and pro-
vides very suitable tools for the rapid extraction of potential 
bioactive compounds. 

 Bioactivity screening of extracts using lab-based assays is essen-
tial to evaluate new compound/formulation effectiveness [ 14 ] 
(however, when a bioactive compound is detected, fi eld tests must 
be performed in order to obtain a more empirical data). For each 
bioassay it is important to cautiously choose positive controls using 
AF compounds and/or biocides that have previously been used. 
The commercial AF product Sea-Nine 211 (Dow), a herbicide 
used in AF paint formulations, which acts as PSII electron trans-
port inhibitor, can be used as a positive control [ 15 ]. 
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 For the assessment of bioactivity against microfouling organ-
isms (bacteria and microalgae), it is important to assess both the 
inhibition of cell adhesion and growth inhibition. The proposed 
method has the advantages that it uses only small amounts of com-
pounds, providing a very rapid bioactivity assessment, and is not 
subject to any seasonal constraints. 

 Most sessile marine organisms produce planktonic propagules 
referred to as larvae for invertebrates and spores for algae [ 14 ]. 
Adhesion and settlement are crucial events in the fouling process; 
thus their inhibition provides AF protection for surfaces. The main 
constraint for assessing AF effi ciency towards these organisms is 
that there is seasonality in the release of spores and larvae (all-year 
long for tropical species, twice a year for temperate species, and 
once a year for cold species) [ 3 ]. Standardized protocols have only 
been developed for particular species and do not represent the real 
biodiversity of marine foulers in natural assemblage. For the pur-
pose of this chapter, we have chosen to select the most common 
species used in AF tests:  Ulva  sp. (macroalga) and  Balanus  sp. 
(barnacle), and the most common bioassays (based on the inhibi-
tion of settlement). However, it is important to state that in order 
to obtain more information on the mode of action of bioactive 
compounds, further bioassays targeting organism behavior should 
be performed ( see  [ 14 ] for review) but these will not be described 
here. When research laboratories are not located near any coast or 
if researchers have no easy access to spores or larvae, an alternative 
method is to assess the effi ciency of compounds using biochemical 
assays, such as targeting enzymes involved in adhesive production 
(e.g., phenoloxidase).  

2    Materials 

       1.    Sterilized forceps.   
   2.    Sterile artifi cial seawater.   
   3.    40 and 50 % ethanol (in distilled water, v/v).   
   4.    1 % Sodium hypochlorite (NaOCl) in 40 or 50 % aqueous 

ethanol (w/v).      

       1.    Filter paper (Whatman No. 3).   
   2.    Mortar and pestle.   
   3.    Round-bottom fl asks.   
   4.    Separatory funnel and glass stopper.   
   5.    Pasteur pipette.   
   6.    Acetone:methanol (1:1, v/v) analytical grade.   
   7.    Ethyl ether analytical grade.   

2.1  Microfl ora 
Removal 
from Macroalgal 
Surfaces (Prior 
Chemical Extraction)

2.2  Preparation 
of Macroalgae 
Extracts
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   8.     n -Butanol analytical grade.   
   9.    Hexane analytical grade.   
   10.    Rotary evaporator and pump.      

       1.    Bacterial strains ( see   Note 1 ).   
   2.    Glass vials, 20 mL (for solution and strain inoculation).   
   3.    Polypropylene MicroWell plates, 96-well (0.35 mL) round 

bottom with lid.   
   4.    Spectrophotometer disposable cuvette (10 mL).   
   5.    Marine bacterial medium: Sterile Marine Broth or artifi cial 

seawater with 0.5 % peptone (w/v).   
   6.    Methanol analytical grade.   
   7.    0.3 % aqueous crystal violet (1 % aqueous crystal violet solu-

tion dissolved in water, (v/v) for adhesion measurement only).   
   8.    1 mg/mL stock solutions of controls (known AF such as Sea- 

Nine 211, Dow).   
   9.    Autoclave.   
   10.    Spectrophotometer.   
   11.    UV sterilization cabinet.   
   12.    Incubator.      

       1.    Microalgal strains ( see   Note 2 ).   
   2.    GF/F fi lter (glass microfi ber Whatman, 0.7 μm).   
   3.    Glass vials, 20 mL.   
   4.    Black polystyrene MicroWell plates, 96-well (0.35 mL) round 

bottom with lid.   
   5.    f/2 culture media ([ 16 ];  see   Note 3 ).   
   6.    Methanol analytical grade.   
   7.    Room with constant light (fl uorescent lamp 100 W, irradiance 

140 μmol/m 2 /s).   
   8.    Autoclave.   
   9.    Microplate reader measuring fl uorescence.   
   10.    Chlorophyll  a  from spinach (C5753 Sigma, extinction coeffi -

cient at 663 nm in methanol: 77 L/g/cm).   
   11.    1 mg/mL stock solutions of controls (known AF such as Sea-

Nine 211, Dow).      

       1.    Plastic tray containing artifi cial seawater to place fresh algae 
immediately after collection.   

   2.    Polystyrene well plates, 24-well (1 mL) fl at bottom with lid.   
   3.    Polypropylene MicroWell plates, 96-well (0.35 mL) round 

bottom with lid.   

2.3  Antibacterial 
Bioassays (Inhibition 
of Adhesion 
and Growth)

2.4  Antimicroalgal 
Bioassay (Inhibition 
of Adhesion 
and Growth)

2.5  Experiments 
Assessing 
the Inhibition of  Ulva  
sp. Settlement 
and Germination
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   4.    Sterile von Stosch medium ([ 17 ,  18 ];  see   Note 4 ).   
   5.    10 % formalin diluted with artifi cial seawater (v/v).   
   6.    Autoclave.   
   7.    Incubator equipped with lamps (140 μmol/m 2 /s).   
   8.    Light microscope.   
   9.    Hemocytometer.   
   10.    1 mg/mL stock solutions of positive controls (known AF such 

as Sea-Nine 211, Dow).      

       1.    Plankton net.   
   2.    Nitex plankton netting (150 mm) or equivalent.   
   3.    24-Well Iwaki microplates or equivalent.   
   4.    Artifi cial seawater ( see   Note 5 ).   
   5.    UV sterilization cabinet (Scie-plas G/E UVSC or equivalent).   
   6.    Dissecting microscope.   
   7.    1 mg/mL stock solutions of positive controls (known AF such 

as Sea-Nine 211, Dow).   
   8.    Incubator.      

       1.    Spectrophotometer.   
   2.    Phenoloxidase (PO) or tyrosinase (EC1.14.18.1).   
   3.    10 mM L-dopa or catechol prepared in ultrapure water.   
   4.    Phosphate buffer 50 mM (pH 6.8): Two stock solutions are 

required: weigh 71.6 g of dibasic sodium phosphate 
(Na 2 HPO 4 *12H 2 O) and pour in ultrapure water up to 1 L 
(0.2 M; solution A); weigh 27.6 g of monobasic sodium phos-
phate (NaH 2 PO 4 *H 2 O) and pour in ultrapure water (0.2 M; 
solution B). To prepare 1 L of working buffer add 245 mL of 
solution A and 255 mL of solution B, fi ll up to 1 L with ultra-
pure water, and adjust the pH to 6.8.   

   5.    10 μg/L Biocide TBTO prepared in ultrapure water.       

3     Methods 

        1.    Collect fresh material (six batches or specimens depending of 
algae size) and gently press them between sheets of absorbent 
paper to remove excess moisture.   

   2.    Measure wet weights.   
   3.    Dry macroalgal tissue for 48 h at 70 °C in an oven.   
   4.    Measure dry weights.   

2.6  Experimentation 
Assessing 
the Settlement 
Inhibition 
of Barnacle Larvae

2.7  Inhibition of Blue 
Mussel  Mytilus edulis  
Settlement
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Content of Macroalgae
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   5.    Determine moisture content of each specimen using the 
 following equation:

 
Moisture content wet weight dry weight wet weight= -( )éë ùû ´/ 100

  
      6.    Calculate average moisture content of all replicates.      

       1.    After collection, immerse macroalgal fronds twice for 5 min in 
sterile artifi cial seawater.   

   2.    Dry fragments of fronds between sheets of absorbent paper to 
remove excess moisture.   

   3.    Choose  step 4  or  5  depending on the moisture content of 
macroalgae (determined in Subheading  3.1 ).   

   4.    For algae with moisture content ≥80 % immerse fronds in a 
solution containing 50 % ethanol with 1 % NaOCl for 30 s.   

   5.    For algae with moisture content <80 % immerse fronds in a 
solution containing 40 % ethanol with 1 % NaOCl for 60 s.      

         1.    Weigh 50 g of dry algal tissue.   
   2.    Cut the specimens into small pieces or pulverize them in a 

blender.   
   3.    Place them in a glass container, add 250 mL of acetone- methanol 

1:1 to cover the dry material, and leave to macerate for 1 h.   
   4.    Then in a mortar with a pestle, grind well the dry material to 

allow the extraction of organic compounds. Filter the solu-
tion, and repeat this step three to four times with the pellet. 
Record the amount of solvent used.   

   5.    Mix all fi ltered solutions and evaporate to dryness under 
reduced pressure in the rotary evaporator (36 °C) to get the 
crude extract. To obtain the weight of this dried extract, fi rst 
weigh the round-bottom fl ask empty and subtract it to the 
weight after evaporation, of the fl ask with the dried extract.   

   6.    Resuspend the crude extract in 50 mL of distilled water and 
place it in the separatory funnel. Add 50 mL of ethyl ether.    

   7.    Seal it with the glass stopper and shake it vigorously for 2 min 
with periodic venting to release pressure excess (Fig.  1 ). 
Subsequently, place the separatory funnel at room tempera-
ture for 30 min to allow separation of the two phases (water 
and ether;  see   Note 6 ).   

   8.    Separate the two phases ( see   Note 7 ) and repeat the liquid/
liquid extraction twice with the aqueous phase ( see   Note 8 ).   

   9.    Concentrate the ether phase under reduced pressure to obtain 
the ether extract.   

   10.    Extract the aqueous phase once more with 50 mL of butanol. 
Place the aqueous phase and butanol in the separatory funnel 
and repeat  steps 7  and  8 .   

3.2  Removal 
of Microfl ora 
from Macroalgal 
Surfaces (Prior 
to Chemical 
Extraction)

3.3  Preparation 
of Macroalgal Extracts

3.3.1  Total Extract 
Preparation
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   11.    Evaporate butanol phase under reduced pressure in the rotary 
evaporator (41 °C) to obtain the butanol extract ( see   Note 9 ).   

   12.    Record the extract weights and calculate yields (expressed as 
percentage) for each extract as follows:

 Yield dry weight of the extract dry weight of algal tissue% /( ) = [ ]´1000   
      13.    Store extracts in vials or round-bottom fl asks at −20 °C until 

bioactivity assays. The extracts can be kept for 1 year without 
losing activity.      

       1.    Macerate the fresh algal tissue with hexane (1 L/kg alga wet 
weight) in dark conditions between 10 and 30 s.   

   2.    Filter the solution and evaporate it to dryness under reduced 
pressure.      

       1.    Calculate the amount of extract required for all bioassays ( see  
 Note 10 ).   

   2.    Dissolve the extract in methanol (used as carrier solvent) to 
adjust concentration to 1 mg/mL.   

   3.    Dilute this stock solution appropriately to get the following 
extract concentrations: 0.01, 0.1, 1, 10, and 50 μg/mL.     

3.3.2  Surface Extracts 
(Hexane Dipping Method) 
[ 13 ]

3.3.3  Extract Solutions

  Fig. 1    Illustration of liquid-liquid extraction. ( a ) Vigorous shaking; ( b ) venting to release excess pressure; ( c ) 
separation of the two phases       
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 A representation of extract and control distribution on a 
microplate is presented in Fig.  2 .    

         1.    Place 100 μL of each extract solutions and controls (known 
AF compounds, methanol only) in 6 wells of the 96-well plate 
for each of the bacterial strains. Leave wells to dry by evapora-
tion at room temperature for 12 h (use different plates for 
each bacterial strain in order to avoid cross-contamination;  see  
 Note 1 ).   

   2.    Seal the plates and sterilize them in a UV sterilization cabinet 
(Scie-plas G/E UVSC or equivalent) for 30 min.   

   3.    Prior to the experimental work, cultivate marine bacteria in 
sterile seawater (autoclave 121 °C, 15 min) enriched with 
0.5 % neutralized bacteriological peptone or in marine broth.   

   4.    Dilute the bacterial cultures according to the Amsterdam 
method ([ 19 ],  see   Note 11 ) for a cell density of 2 × 10 8  cells/
mL. To check the density, measure the absorbance of a tube 
previously inoculated with the testing strain (culture of 24 h) 
at 620 nm using a spectrophotometer.   

   5.    Remove the lid of the plates under aseptic conditions.   
   6.    Add 100 μL of the microorganisms-inoculated medium (con-

centration of 2 × 10 8  cells/mL) in each well (containing 
extracts and controls).   

   7.    Seal the plates and incubate them at 20 °C for 48 h.   
   8.    After incubation, measure the absorbance at 620 nm with a 

plate reader. Use the medium as a blank. Minimum inhibition 
concentration (MIC) value is defi ned as the lowest concentra-
tion that produces a reduction in growth.      

3.4  Antibacterial 
Bioassays [ 15 ]

3.4.1  Growth Inhibition

  Fig. 2    Example of the distribution on a microplate of different concentrations of extracts to be tested and 
controls       
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       1.    Prepare microplates and inoculate them as stated above 
( see   steps 1 – 7 ).   

   2.    After 48-h incubation, empty the wells and rinse them with 
100 μL of sterile seawater to remove the non-attached cells. 
Dry the wells in air at room temperature.   

   3.    Stain the remaining bacterial biofi lm with 100 μL of 0.3 % 
crystal violet ( see   Notes 12  and  13 ).   

   4.    Measure the absorbance at 595 nm ( see   Note 14 ). Use the 
medium as a blank. MIC is defi ned as the lowest concentration 
that produces a reduction in adhesion. The effective concen-
tration (EC 50 ) is obtained for 50 % adhesion rate reduction.       

          1.    Place 100 μL of each extract solution and control (known AF 
compounds, methanol only) in 6 wells of the 96-well plate for 
each of the microalgal strains. Leave wells to dry by evapora-
tion at room temperature for 12 h (use different plates for 
each microalgal strain in order to avoid cross-contamination).   

   2.    Seal the plates and sterilize them in a UV sterilization cabinet 
(Scie-plas G/E UVSC or equivalent) for 30 min.   

   3.    Cultivate microalgal strains using f/2 media ( see   Notes 2  
and  15 ) and maintain them at 20 °C and constant light 
(incident irradiance: 140 μmol/m 2 /s).   

   4.    Estimate microalgal culture biomass through determination of 
chlorophyll  a  (Chl  a ) concentration [ 20 ]: Collect 5 mL of 
microalgal culture on a GF/F fi lter (Whatman) and transfer 
the fi lter immediately to a vial containing 5 mL of methanol 
analytical grade. Keep the vial in the dark at 4 °C for 30 min. 
Measure the fl uorescence of the pigment extract (PolarSTAR 
Optima BMG Labtech or equivalent; excitation: 485 nm, 
emission: 645 nm). Determine the Chl  a  concentration using 
a calibration curve with spinach Chl  a.    

   5.    After the determination of Chl  a  concentrations for each 
microalgal species, dilute algal solutions in order to prepare 
aliquots of microalgal suspension with a starting concentration 
of 0.1 mg Chl  a  /L.   

   6.    Remove the lid of the plates under aseptic conditions.   
   7.    Add 100 μL of this suspension to each well of previously 

coated microplates containing the extract solutions and con-
trols under aseptic conditions.   

   8.    Incubate the inoculated microplates for 5 days at 20 °C in 
constant light (incident irradiance: 140 μmol/m 2 /s).   

   9.    After 5 days, remove the medium using a pipette and quantify 
the pigment concentration with the fl uorimetric method [ 20 ]: 
Measure the fl uorescence (PolarSTAR Optima BMG Labtech 
or equivalent; excitation: 485 nm, emission: 645 nm) and use 

3.4.2  Adhesion Inhibition

3.5  Antimicroalgal 
Bioassay

3.5.1  Adhesion Inhibition
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the medium as a blank. MIC is defi ned as the lowest concen-
tration that produces a reduction in adhesion. EC 50  are 
obtained for 50 % adhesion rate reduction.      

       1.    Prepare black microplates and inoculate them as stated above 
( see  Subheading  3.5.1 ,  steps 1–7 ).   

   2.    After 5 days of incubation, centrifuge the microplates at 
2,380  g  for 10 min at 4 °C (Beckman Coulter Allegra 25R or 
equivalent) and empty the plates.   

   3.    Add 100 μL of 100 % methanol analytical grade in each well to 
liberate Chl  a .   

   4.    Quantify the pigment concentration employing the fl uorimet-
ric method [ 20 ]: Measure the fl uorescence (PolarSTAR Optima 
BMG Labtech or equivalent; excitation: 485 nm, emission: 
645 nm) and use the medium as a blank. MIC is defi ned as the 
lowest concentration that produces a reduction in adhesion. 
EC 50  are obtained for 50 % growth rate reduction.       

       1.    Collect the macroalga  Ulva  sp. (e.g.,  U. intestinalis ) from the 
shore.   

   2.    Examine the algae to identify areas of discoloration which cor-
respond to fertile area, usually around the edges.   

   3.    Wash selected fertile areas in fi ltered seawater and then blot 
them using absorbent paper. Cut these areas into small pieces 
(2–3 cm length).   

   4.    Place these macroalgal pieces in individual wells on 28-well 
plates and seal them with parafi lm.   

   5.    Leave the pieces to dry for 6 h at controlled temperature in a 
growth room (20 °C, constant light 140 μmol/m 2 /s).   

   6.    Add 2–3 drops of von Stosch medium in each well after 
drying.   

   7.    The green coloration of the media indicates the presence of 
spores; this is confi rmed using a light microscope (x20 magni-
fi cation;  see   Note 16 ).   

   8.    Count the spores using a hemocytometer and determine the 
number of spores per each 50 μL using the average of spore 
counts that results from a total of ten counts.   

   9.    Dilute the solution using von Stosch medium at the concen-
tration of 140 spores/μL approximately.   

   10.    Transfer 100 μL of extract solutions and controls into 96-well 
plates.   

   11.    Add 50 μL of spore solution to each well.   
   12.    Seal the plates with parafi lm and keep them in the dark for 2 h.   

3.5.2  Growth Inhibition

3.6  Inhibition 
of Settlement 
and Germination 
of Macroalgal Spores
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   13.    Then empty the plates by inversion and refi ll all wells with 
100 μL of von Stosch medium.   

   14.    Leave the plates for 5 days in a growth room (20 °C, 140 μmol/
m 2 /s under constant light).   

   15.    Fix then the spores by adding 50 μL of 10 % formalin to the 
wells for avoiding further germination.   

   16.    Count the spores from three fi elds of view for each well using 
an inverted microscope. Count also the number of spores set-
tled or germinated: spores are considered to have germinated 
if two or more cells and cell wall are visible.   

   17.    Express the results as EC 50  values (concentrations leading to 
50 % inhibition of the total number of spores settled or germi-
nated spores).      

   The most common studied species are  Balanus amphitrite  (tropical 
species) and  Balanus improvisus  (temperate and cold waters).

    1.    Collect barnacle larvae from the fi eld using a planktonic mesh 
( see   Note 17 ).   

   2.    After collection, prevent the settlement by maintaining the 
larvae in Nitex plankton net (150 mm) (which is an unfavor-
able surface for settlement) for 24 h at 14 °C.   

   3.    Carry out settlement assays in 24-well Iwaki microplates 
(or equivalent).   

   4.    Prepare microplates as follows: Place 100 μL of each extract 
solution and controls in 6 wells of the plate and keep them 
under a fume hood for 12 h to allow the evaporation of the 
carrier solvent.   

   5.    Seal the plates and sterilize them in a UV sterilization cabinet 
(Scie-plas G/E UVSC or equivalent) for 30 min.   

   6.    Fill the wells with artifi cial seawater and add one cyprid (bar-
nacle larva) per well.   

   7.    Incubate the microplates in the dark at 14 °C for  Balanus 
improvisus  and at 28 °C for  Balanus amphitrite  for 48 h.   

   8.    Perform each experiment with two batches of larvae.   
   9.    After incubation, examine the physical state of each larva 

under a dissecting microscope. Larvae are classifi ed as (1) dead 
(fl oating cyprids with extended thoracopods with no move-
ment, or fl oating cyprids that do not respond to a light touch 
produced by a metal probe); (2) settled (permanently attached 
or metamorphosed individuals); and (3) swimmers.   

   10.    For each extract, calculate EC 50  values (concentration of 
extract which results in a 50 % inhibition of settlement com-
pared to the blank).    

3.7  Inhibition 
of Barnacle Larvae 
Settlement [ 12 ]
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     Inhibition of mussel settlement is measured spectrophotometri-
cally by recording phenoloxidase activity (enzyme involved in bys-
sus thread synthesis).

    1.    Extract phenoloxidase (PO) from fresh mussels [ 21 ] ( see   Note 
18 ) or buy mushroom tyrosinase (EC1.14.18.1) from Sigma 
(a previous study has demonstrated the correlation of activity 
of these two enzymes) [ 21 ].   

   2.    Use 10 mM L-dopa or catechol in 50 mM phosphate buffer 
(pH 6.8) as substrate.   

   3.    Incubate the enzyme at 25 °C with the substrate and algae 
extracts ( see   Note 19 ).   

   4.    Prepare two controls: one positive control with the biocide 
TBTO (10 μg/mL) and one negative control with buffer only.   

   5.    Calculate the phenoloxidase activity from the increment of 
absorbance readings at 475 nm from 30 s to 1 min after incu-
bation. One unit of enzyme activity is defi ned as the amount 
of enzyme that catalyzes the formation of 1 μmol of dopach-
rome per minute under the experimental conditions.   

   6.    Run the test in triplicate.   
   7.    Express the results as the inhibition percentage of phenoloxi-

dase activity compared to a control that contains only buffer.       

4    Notes 

     1.    Marine bacteria can be ordered from ATCC. The most com-
mon strains used in antifouling studies are  Halomonas aqua-
marina  ATCC 14400,  Pseudoalteromonas elyakovii  ATCC 
700519,  Polaribacter irgensii  ATCC 700398,  Shewanella 
putrefaciens  ATCC 8071,   Roseobacter litoralis  ATCC 49566, 
 Vibrio harveyi  ATCC 14126,  Vibrio proteolyticus  ATCC 
15338,  Vibrio harveyii  ATCC 35084,  Vibrio aestuarianus  
ATCC 35048,  Vibrio natriegens  ATCC 14048, and 
 Pseudoalteromonas citrea  ATCC 29720.   

   2.    Marine phytoplanktonic species can be ordered from several 
algal culture collections, including Algobank, SAG 
(Goettingen) and CCAP (Scotland). The most common 
strains used in antifouling studies are  Exanthemachrysis gayra-
liae  AC 15 (Algobank code),  Cylindrotheca closterium  AC 
170,  Pleurochrysis roscoffensis  AC 32,  Porphyridium purpu-
reum  AC 122,  Halamphora coffeaeformis  AC 713,  Lotharella 
globosa  AC132,  Rhodosorus marinus  AC 119, and  Pleurochrysis 
carterae  AC 1.   

   3.    The recipe of the f/2 medium can be found in [ 16 ]. Stock 
solutions of NaNO 3 , NaH 2 PO 4 , trace metals, and vitamin can 

3.8  Inhibition 
of the Blue Mussel 
 Mytilus edulis  
Settlement [ 21 ]
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be prepared in advance and stored at 4 °C. The vitamin stock 
solution is light sensitive; it is advised to keep it covered 
with foil.   

   4.    The recipe of the von Stosch medium is very well described in 
[ 17 ], which is modifi ed from the original recipe [ 18 ].   

   5.    If your laboratory does not have access to natural seawater, 
you can use artifi cial seawater.   

   6.    When the separatory funnel is placed on the support ring for 
the separation of phases, the glass stopper must be removed to 
avoid excess pressure.   

   7.    When separating the two phases during the liquid-liquid 
extraction, it must be considered that the lower phase is water 
and the upper one is either ether or butanol.   

   8.    If an emulsion is created when separating the two phases 
(aqueous and ether), sodium chloride (NaCl) must be used to 
break emulsion. Most organic compounds are poorly soluble 
in aqueous solutions saturated with strong electrolytes.   

   9.    To achieve a better evaporation of butanol, water at a ratio of 
1:1 (v/v) must be added.   

   10.    When the stock solutions and dilutions (to adjust the different 
concentrations of each sample to be tested: 0.01, 0.1, 1, 10, 
and 50 μg/mL) are prepared, you must take into consider-
ation the evaporation of the solvent and prepare more of the 
required volume. This volume will depend on the number 
of strains to be tested and the number of bioassays to be 
undertaken.   

   11.    The Amsterdam method [ 19 ] allows the absorbance measure-
ment at 620 nm of a bacterial suspension to estimate its con-
centration following a standardized method. Table  1  displays 
how to prepare the bacterial solution for the bioassay (in order 
to start all the bioassays with a bacterial suspension of 2 × 10 8  
cellules/mL). The procedure to follow is as follows: (a) mea-
sure the OD of the bacterial stock solution at 620 nm; (b) if 
the OD is <0.2 and the cell number is too low it is advised to 
place the culture back in the incubator and to repeat the opera-
tion 24 h later; (c) if the OD is >0.65, the bacterial solution 
should be diluted in sterile media in order to reach an OD 
value between 0.2 and 0.65; (d) if the OD is between 0.2 and 
0.65, then use the table below to prepare the bacterial solution 
that will be used for the inoculation of the MicroWell plates: 
the corresponding volume of bacterial culture (in μL) should 
be added to sterile culture medium for a fi nal volume of 10 mL.

       12.    It is important to wear goggles, gloves, and protective cloth-
ing while working with crystal violet. Stains can be removed 
using ethanol in case of spillage.   
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   13.    Crystal violet is harmful to aquatic organisms and may cause 
long-term adverse effects in the aquatic environment. Do not 
discharge into drains or water courses or onto soil.   

   14.    It is recommended to gently shake the microplates after 
staining.   

   15.    If you encounter problems during microalgal culture (e.g., 
insuffi cient growth of microalgae), try using seawater previ-
ously stored for a couple of days in darkness instead of fresh 
seawater for medium preparation.   

   16.    If you encountered diffi culty in obtaining spores, try avoiding 
 step 6  and after  step 7  place the microplates in the fridge for 
2 h. The temperature shock can enhance sporulation.   

   17.    Depending on the age of larvae collected from the fi eld, they 
may settle very quickly in the bucket. To avoid this, you can 
place the larvae in cold water (around 6 °C) and keep them 
refrigerated (using a cool box) until arrival in the laboratory.   

   18.    Phenoloxidase can be extracted and purifi ed for mussel’s foot. 
The procedure involves a series of purifi cation steps [ 21 ]: (1) 
precipitation with acetic acid at pH 5; (2) ultrafi ltration; (3) 
DEAE-Sepharose chromatography; and (4) Sephacryl S-300 
HR chromatography. Pure enzyme aliquots can be kept frozen 
for 12 months.   

   19.    Phenoloxidase activity is signifi cantly affected by temperature. 
Thus, in order to avoid variability in the results, it is important 
to work in a controlled-temperature room (18–23 °C).         

   Table 1  
  Amsterdam table [ 19 ]   

 OD at 620 nm  Volume (μL) 

 0.20  50 

 0.25  40 

 0.30  33 

 0.35  29 

 0.40  25 

 0.45  22 

 0.50  20 

 0.55  18 

 0.60  16 

 0.65  15 

  Volume (μL) of bacterial suspension to add to a sterile medium to get a fi nal bacterial 
concentration of 2 × 10 8  cells/mL in the inoculum (fi nal volume 10 mL) according to 
the measurement of the absorbance of the bacterial suspension at 620 nm  

Claire Hellio et al.
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